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During the recent years, unprecedented amounts of new
knowledge have seen the light, revealing key factors that
modulate the essential processes of the structure and
function of muscle. The assembly of the sarcomeric and
extrasarcomeric cytoskeleton, the formation of internal
membrane systems and their contribution to the regulation
of Ca2+ homeostasis, the molecular dissection of specialized
sarcolemmal microdomains, and the anchoring of the intra-
cellular cytoskeletal network with the extracellular matrix
are only some of the themes where rapid progress has been
made. Advanced genetic, molecular, cellular, biochemical,
genomic, and proteomic approaches, using diverse animal
models, have unraveled the intricate details of these complex
pathways both during health and disease and highlighted
new questions and challenges. The breadth of new informa-
tion has been overwhelming yet exciting, emphasizing once
again the absolute need for development of sophisticated,
multidisciplinary, and integrated approaches to study the
roles of subproteomes rather than individual proteins during
development and in adulthood, under normal and stress
conditions.

In this volume, we invited authors who study mus-
cle structure and function from different perspectives and
angles to contribute original and review articles. A wide
array of topics is discussed in this special issue, including
the regulated assembly of myofibrils, the biomechanical
and biophysical properties of sarcomeric contraction, the
dynamic tethering of thin and thick filaments and the
unique, compensatory, or even redundant roles of their
accessory proteins, the giant sarcomeric proteins, and their
roles as molecular blueprints and sensors, the sarcolemma

and its role in the mechanical and electrochemical coupling
of neighboring cells, the tripartite regulation of Ca2+ cycling
orchestrated by the activities of the t-tubules, sarcoplasmic
reticulum, and mitochondria, the roles of exercise, fatigue
and injury in muscle contraction, and the isolation and use
of muscle stem cells. Importantly, many of these processes
are altered, compromised, or dysregulated in different forms
of skeletal and cardiac myopathies and dystrophies. Some of
these are discussed as well.

The editors of this special issue are indebted to all the
authors who provided either original data or a comprehen-
sive review of the previous and recent literature, making
this special issue appealing to a diverse audience of muscle
researchers. Our goal was to touch on different aspects of
muscle physiology and pathophysiology at the molecular,
cellular, organ, and organismal level. We are delighted to
see the outcome of our call in the form of this special
volume, and we hope that it will provide a wealthy source
of knowledge and information and further stimulate muscle
research at all different fronts.

Aikaterini Kontrogianni-Konstantopoulos
Guy Benian

Henk Granzier
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We review some of the problems in determining how myofibrils may be assembled and just as importantly how this contractile
structure may be renewed by sarcomeric proteins moving between the sarcomere and the cytoplasm. We also address in this
personal review the recent evidence that indicates that the assembly and dynamics of myofibrils are conserved whether the cells
are analyzed in situ or in tissue culture conditions. We suggest that myofibrillogenesis is a fundamentally conserved process,
comparable to protein synthesis, mitosis, or cytokinesis, whether examined in situ or in vitro.

1. Introduction

Myofibrils of striated muscle are characterized by groups
of proteins arranged in contractile units, or sarcomeres,
that consist of distinct subunits that extend in a repeating
pattern along the length of the muscle cell. Although
sarcomeres of cross-striated muscle vary among species
in length and in some protein constituents, all have a
similar subunit arrangement of three major components:
thin filaments, thick filaments, and Z-bands that each forms
from multiple interactions among the proteins that produce
and control contraction (Figure 1). Vertebrate skeletal and
cardiac sarcomeres at rest length are 2.5 microns in length
whereas the sarcomeres of cross-striated muscles in the
invertebrate world vary widely from one micron in a
jellyfish [1] to 25 microns in the pharynx of a syllid worm
[2]. A-band lengths of thick filaments and thin filament
lengths vary in concert with sarcomere size: the shortest
at 0.6 microns and 0.5 microns, respectively, in jellyfish,
the longest at 20 microns and 12 microns, respectively,
in the syllid worm, and 1.6 microns and 1.0 micron in
vertebrate skeletal muscle [3]. In vertebrate ventricular
muscles, the thin filament lengths are variable up to one
micron [4].

Despite all that is known about the binding of myofib-
rillar proteins, one with one another in biochemical assays,
much is unknown about the multiplicity of interactions
that support myofibril formation and stability in the live

cell. The importance of myofibrillar protein interactions
in cardiac health has been reinforced by the realization
that mutated sarcomeric proteins are involved in a growing
number of cardiomyopathies [9, 10]. Interactions of the
major proteins responsible for force production in the thin
and thick filament subunits have been described in detail
[11]. Proteins of the Z-band, a region of the sarcomere where
novel proteins and novel interactions of known proteins
are still being discovered [12, 13], present a particularly
challenging network of potential multiple interactions, many
of which have been determined by biochemical methods not
by methods inside the living cell (Figure 2). The Z-band
functions as a scaffold that links the sarcomeric contractile
units in series by anchoring the thin and titin filaments
of adjacent sarcomeres. Z-bands also anchor the ends of
myofibrils in specialized junctions, termed intercalated discs
in cardiac muscle cells, and they link sarcomeres laterally
to the cell membrane through costameric proteins [14, 15].
The multifunctional nature of the Z-band is reflected in the
variety of proteins that colocalize in this structure: channels,
signaling molecules, enzymes, cytoskeletal filament complex
that interacts with the cell membrane, and sarcomeric
filaments essential for contraction (Figure 2) [11, 16, 17].
Two of the most surprising recent reports on new Z-band
proteins concern (a) heat shock proteins in zebrafish skeletal
muscles (reviewed in [12]) and (b) the protein, CLOCK,
which is involved in circadian regulation in neonatal rat
cardiomyocytes (reviewed in [13]).
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Mature myofibril

Nascent myofibril

Premyofibril

Myomesin

α-actinin, FATZ,
myotilin, telethonin

Muscle myosin II

Titin

Non-muscle myosin IIB

Actin

α-actinin, FATZ, myotilin

Figure 1: Premyofibril model of myofibrillogenesis. Assembly begins at the edges of muscle cells with premyofibrils composed of
minisarcomeres (bounded by alpha-actinin containing z-bodies) with muscle actin and actin-binding proteins and the nonmuscle isoform
of myosin II. Muscle myosin and titin are added and z-bodies align in register to form nascent myofibrils with beaded Z-bands. As mature
myofibrils form, the beaded Z-bands gradually become linear, nonmuscle myosin is lost, and myosin-binding proteins (C-protein and
myomesin) are incorporated into aligned A-bands [5–8]. Diagram modified from Stout et al. [8].

2. Formation of Myofibrils

As the list of myofibril proteins and their binding reactions
grows, the assembly pathways that the interacting protein
complexes follow to form myofibrils have increasing import
for understanding the problems of aberrant formation and
maintenance of myofibrils containing mutated sarcomeric
proteins [9, 10, 16, 18]. In the early 1900s, Heidenhain [19]
examined fixed muscles in the light microscope and noted
nonstriated fibers near the cell membrane of developing
trout skeletal muscles before striated structures that we now
know were Z-bands and A-bands were detected. Electron
micrographs of forming chick muscle showed nonstriated
fibers near the cell membrane, as well, before banded
myofibrils appeared (see review by Sanger et al. [6]). Growth
in A-band length to mature size was also observed with
electron microscopy of embryonic fly muscle fixed at daily
intervals. The first fibers observed were nonstriated with
dense bodies but lacking thick filaments, succeeded by fibers
with Z-bands and short A-bands and later by fibers with A-
bands of mature muscle length [20]. Striated sarcomeres in
forming mite muscle that were analyzed with polarized light
in the live animal increased over a 30-hour period from 2.2
microns to 4 microns in length, accompanied by an increase
in A-band length from 1.4 microns to 3 micron [21].

The advent of probes for fluorescent detection of proteins
inside cells allowed fibers in nonmuscle cells and embryonic
muscle cells to be characterized. In nonmuscle cells many
stress fibers, previously described as unstriated in [22, 23]
were shown to be composed of repeating concentrations of

alpha-actinin and nonmuscle myosin II distributed in alter-
nating bands along overlapping actin filaments [24–28]. In a
short presentation, a three-page report, published in a book
describing the proceedings of short talks honoring the late
John Marshall, Kulikowski and Manasek [29], described how
embryonic chick cultured cardiomyocytes appeared when
stained with muscle-specific myosin II antibodies after dif-
ferent periods of time in culture. They noted the appearance
of nonstriated continuous myosin fibers in the cardiomy-
ocytes in early days of culture. These fibers were described
as having “. . .a stress fiberlike morphology. . . .” In older
cultures, the authors recorded typical myofibrils with A-
Bands. They concluded that myofibrils could “. . .reassemble
via the stress fiberlike intermediates in cultured cardiac
myocytes.”

A nonmuscle isoform of myosin II was first shown to
be present in skeletal muscle cells near the membrane in
fibers distinct from the mature myofibrils [30]. These fibers
were later termed “stress-fiber-like” by Dlugosz et al. [31].
Three isoforms of nonmuscle myosin II have since been
detected in fibers in vertebrate striated muscle cells [32–
34]. Subsequent studies have differed over the role that these
“stress-fiber-like” fibers might play in myofibrillogenesis.
They were suggested by the Holtzer lab to function as
templates along which muscle proteins assemble and form
cross-striated myofibrils [31]. The templates were thought to
then disassemble with the subunits reassembling in another
region of the cell to restart the templating process. Thus,
one stress fiber-like structure was proposed to serve as the
template for each new myofibril myofibril.
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The fibers, that were nonstriated when F-actin were
stained with phalloidin, were revealed to be formed of mini-
sarcomeres when fluorescent alpha-actinin was injected into
live cells or perfused into permeabilized muscle cells [35–
37]. Small puncta of alpha-actinin were spaced at intervals
varying from 0.3 to 1.5 microns. In live cells injected
with fluorescent alpha-actinin, the distance between puncta
increased with time [37], as a later study confirmed in
embryonic heart cells transfected with GFP-alpha-actinin in
which small puncta of alpha-actinin aligned laterally and Z-
bands appeared beaded before appearing as a smooth band
[38]. Bands of nonmuscle myosin II were detected alternat-
ing with the sarcomeric alpha-actinin densities (z-bodies)
in these fibers [39]. Identical minisarcomeric patterns of
alternating z-bodies (sarcomeric alpha-actinin) and bands
of nonmuscle myosin II were also discovered in precardiac
chick mesoderm explants [5] and in stained intact hearts
in early chick embryos [40]. Thus there were no differences
between cultured or intact hearts in the detection of a
pathway for myofibrillogenesis (Figure 1). We suggest that
myofibrillogenesis is a fundamentally conserved process,
comparable to protein synthesis, mitosis, or cytokinesis,
whether examined in situ or in vitro.

Nonmuscle myosin II light chains that were fluores-
cently labeled and injected into cultured cells from avian
embryonic muscle also were localized in small periodically
spaced bands along the thinnest actin fibers near the cell
membrane [27]. In addition, the light chains also localized
in A-bands in the myofibrils in the embryonic cells and
in an unstriated pattern along the length of other actin
fibers [27]. The unstriated pattern represents the nascent
myofibrils (Figure 1). The unstriated pattern results from
the overlapping thick filaments in the nascent myofibrils
[5–7]. In dividing avian cardiomyocytes, Conrad et al. [41]
discovered that nonmuscle myosin II, but not muscle myosin

II, was present in the cleavage furrows. The nonmuscle
myosin II in avian cardiomyocytes is now known to be
the II B isoform [39, 42]. The antibody to II A does not
react with embryonic chick cardiomyocytes [39], and early
reports revealed that fibers with minisarcomeric bands of
nonmuscle myosin were not present in avian cardiomyocytes
[43, 44]) resulted because antibodies to II A were used. The
small diameter and unstriated appearance of the fibers with
phalloidin staining fibers resembles those of stress fibers,
thus the term stress fiber-like structures [31]. However, we
now know that most of the proteins in these fibers are
muscle-specific proteins, for example, alpha-actinin, actin,
tropomyosin, and so forth [7, 39, 45, 46]. They are also less
sensitive than stress fibers to a number of different inhibitors
(gelsolin [47], DNase1, Vitamin-D binding protein [48], and
latrunculin-A [49]). J. M. Sanger and J. W. Sanger [50]
demonstrated that cleavage furrows contained oppositely
polarized actin filaments interdigitating with nonmuscle II-
like filaments in minisarcomeric patterns similar to those in
the stress fibers of interphase cells.

We have proposed that the fibers with minisarcomeric
bands of nonmuscle myosin II in muscle cells are premy-
ofibrils, the precursors of myofibrils (see [7, 39]; Figure 1).
We consider the small puncta of alpha-actinin z-bodies,
precursors of Z-bands. Patterns of myosin II localization in
embryonic chick cardiomyocytes fixed at different times after
spreading and reformation of myofibrils in culture points
to three types of fibers (Figure 1). Premyofibrils consist of
thin filaments with periodic mini-A-Bands spaced between
the puncta of alpha-actinin (z-bodies). Nascent myofibrils
possess two types of myosin II staining: small periodic
mini-A-Bands of nonmuscle myosin IIB and unbanded
staining of muscle-specific myosin II. Mature myofibrils
stain for only one type of myosin II, that is, the muscle-
specific myosin IIs in A-bands. Thus, the original unbanded
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staining of fibers with phalloidin, which Dlugosz et al. [31]
originally termed stress fiber-like fibers, represents both
pre- and nascent myofibrils. Subsequent observations of
forming muscle in fixed embryonic avian myocytes by the
Holtzer group led them to propose an additional model
in which myofibril assembly occurred through independent
assembly of thick filaments and Z-bands linked to their
associated thin filaments (I-Z-I brushes) [43, 44]. Titin was
proposed to associate with the I-Z-I brushes, capture the
muscle myosin II filaments and align them into A-bands,
and join the A-bands and I-Z-I brushes into sarcomere
units without involvement of stress fiber-like structures.
However, it is now known that the precursors of the Z-
bands (z-bodies) and associated actin are not scattered in
the cell but are aligned by the minisarcomeric arrangement
of nonmuscle myosin IIs, that is, premyofibrils (Figure 1;
[7, 39, 51]). The minisarcomeric arrangements of cleavage
furrows, stress fibers, and premyofibrils would appear to have
evolved very early [27, 28, 50, 52, 53]. Live cell imaging has
allowed us to follow myofibrillogenesis from the deposition
of premyofibrils to nascent myofibrils to mature myofibrils in
cultured cardiomyocytes, skeletal muscle cells and in living
zebrafish [37, 38, 49, 53–56]. Live cell imaging of muscle
cells transfected with truncated Z-band regions of titin
demonstrated the importance of titin to myofibrillogenesis
[57, 58]. We were able to use exposure of early myoblasts to
different concentrations of ethyl methanesulfonate to arrest
myofibrillogenesis at the premyofibril or nascent myofibril
stage [55]. Removal of this inhibitor led to the resumption
of the assembly process that resulted in mature myofibrils
(Figure 1). The role of nonmuscle myosin II appears to
be essential for the alignment of the thin filaments in the
premyofibrils and nascent myofibrils [5, 6, 49]. Disruption
of the formation of nonmuscle myosin II filaments with
an inhibitor of the phosphorylation of the myosin light
chains that are essential for the assembly of the filaments,
leads to the loss of the premyofibrils and an unorganized
array of myosin thick filaments [5]. Removal of the ML-
7 inhibitor led to the reformation of premyofibrils and
nascent myofibrils and the assembly of ordered arrays of
thick filaments in the A-bands in the mature myofibrils [5].

How the overlapping thick filaments composed of muscle
myosin II hexamers in the nascent myofibrils become aligned
into A-bands of mature myofibrils is not clear. Titin, M-
band proteins, and other proteins like obscurin have been
proposed to play roles in this process [59–62]. There are
myofibrils that lack M-bands and yet their A-Bands are
fully aligned. Lange et al. [63] have recently reported that
A-Bands and myofibrils are formed normally in obscuring
knockout mice. They did find that the longitudinal arrays of
the sarcoplasmic reticulum (SR) were changed, supporting a
role for coupling the SR to the myofibril.

The premyofibril model (Figure 1) has not been accepted
universally because it appears discordant with several pub-
lished papers (see review by Sanger et al. [7]). In particular
one of two reports from the Adelstein lab revealed that mice
null for nonmuscle myosin IIB [64], if they survived to birth,
had abnormal hearts and brains and died on the day of
birth. Nevertheless, the abnormal hearts did contain normal

myofibrils suggesting that nonmuscle myosin IIB was not
necessary for the formation of all myofibrils. Western gel
studies in the few surviving animals, however, indicated that
in half the surviving neonates, the myosin IIA isoform was
upregulated, and thus the IIA isoform may have taken the
place of the IIB isoform. Embryonic skeletal muscle cells have
both isoforms of nonmuscle myosin IIA and IIB. Thus, the
skeletal muscle cells were normal in these IIB knockouts,
presumably due to the IIA being present. A recent paper
by Lu et al. [34] reports that both isoforms of nonmuscle
myosin IIs, A and B, are present in the early mouse hearts.
In another paper the Adelstein group has reported that
nonmuscle myosin II is a Z-band protein in both cardiac
(IIB) and skeletal (A and B) muscle cells [65]. They also
reported in the same paper that the IIB isoform was localized
in the intercalated discs of fixed and stained cardiac muscle
cells. Since these two studies from the Adelstein labs were
published, a third isoform of nonmuscle myosin IIC has been
discovered [32, 33]. This isoform is also present in the heart,
skeletal muscles, and several organs. The role of nonmuscle
myosin IIC in myofibrillogenesis has still to be explored. Our
use of antibodies directed against nonmuscle II A or B in
cardiac and skeletal muscle cells has never detected these
antigens in either Z-bands or intercalated discs [5, 39, 40, 56].
Our preliminary results show that cardiac and skeletal muscle
cells cotransfected with Cerulean Fluorescent Protein (CeFP)
and one of the three isoforms of nonmuscle myosin IIs
(Green Fluorescent Protein (GFP)-nonmuscle myosin II A
or B or C), contradicting the results of Takeda et al. [65]
paper. GFP-nonmuscle myosin IIs were not localized in the
Z-bands of either type of muscle cells or in the intercalated
discs of cardiac muscle cells. The three nonmuscle myosin II
isoforms were localized in areas of the cells in linear arrays,
in alternating arrays with z-bodies containing CeFP-alpha-
actinin, that is, premyofibrils.

There are two other papers that have been cited as
inconsistent with the premyofibril model of myofibrilloge-
nesis. Ehler et al. [59] and Rudy et al. [66] reported their
inability to detect the presence of premyofibrils or nascent
myofibrils in either intact fixed embryonic avian hearts or
precardiac mesoderm explants. However, improved fixation
and immunofluorescent techniques lead to the detection
of nonmuscle myosin II B in organized arrays in both
types of preparations [5, 40] that were identical to the
premyofibrils and nascent myofibrils originally reported in
cultured embryonic cardiomyocytes [39]. Furthermore, Du
et al. [5] were able to reversibly inhibit the assembly of
mature myofibrils by the application of ML-7, an inhibitor
of myosin light chain kinase, an enzyme that is responsible
for the phosphorylation of the nonmuscle light chains,
and a prerequisite for the ability of nonmuscle myosin IIs
to form filaments. Removal of this inhibitor led to the
reformation of the premyofibrils with their arrays of mini-
A-bands of nonmuscle myosin II B and the resumption
of myofibrillogenesis leading to the formation of mature
myofibrils. All of these results support a common model
for myofibrillogenesis in cardiomyocytes, whether in intact
hearts, precardiac mesoderm explants, or in tissue culture as
diagramed in Figure 1. The filaments of nonmuscle myosin
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Figure 3: FRAP of YFP-myotilin in the Z-bands of mature myofibrils in two different muscle cells in a living zebrafish (three days old),
prebleach, bleach, and 1 and 10 minutes after photobleaching. The recovery is almost complete by the end of the ten-minute period. Scale =
10 microns.

IIs may link the actin filaments attached to the z-bodies to
form organized linear arrays we have termed premyofibrils
[7, 39], the first step that leads to the formation of mature
myofibrils (Figure 1).

3. Optical Techniques to Explore
Myofibrillogenesis

Fluorescence microscopy of fluorescently tagged sarcomeric
proteins (dye or GFP labels) has permitted myofibril assem-
bly to be detected in living cardiac and skeletal muscle cells
[37, 38, 49]. The technique of Fluorescence Recovery After
Photobleaching (FRAP) has shown that superimposition on
the addition of newly synthesized proteins to z-body and Z-
band complexes is an active exchange between molecules in
a cytoplasmic pool and the same species of molecule residing
in z-bodies and Z-bands [46, 56, 67–69]. In general, the
extent and half time of the exchange of fluorescent molecules
analyzed with FRAP techniques are a function of the binding
interaction of the protein in the cellular complex where it is
concentrated, with shorter recovery times suggesting lower
affinity [70]. Wang et al. [46] demonstrated that seven differ-
ent Z-band proteins exchanged independently of each other

and that the exchange was independent of protein synthesis
and molecular weight. Furthermore, the dynamics of the
same proteins in z-bodies of premyofibrils were decreased
in the Z-bands of the mature myofibrils. The decrease was
suggested to be due to the incorporation of additional
proteins into the forming of Z-band (Figure 1; [46]). These
observations were extended to skeletal muscle cells in living
zebrafish [56] where five different Z-bands were followed
(actin, alpha-actinin, FATZ, myotilin, and telethonin). Their
order of exchange was similar to the exchange of the same
proteins in cultured quail skeletal muscle cells indicating that
the behavior in culture conditions was comparable to that in
cells in the live animal. Figures 3 and 4 are examples of this
exchange process in the skeletal muscle cells along the flank
of zebrafish using YFP-myotilin. The premyofibril model
with its postulated three steps for the formation of myofibrils
suggests mechanisms for the repositioning of molecules as
premyofibrils are transformed into mature myofibrils over a
period of several hours [7, 38]. The exchange of molecules
into and out of the forming myofibrils would permit this
transformation (Figure 1).

Although fluorescence microscopy is widely used for
examining colocalization of proteins in cells, the resolution
limit of visible light microscopy is on the order of 200 nm,
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a distance much larger than the length scale of interprotein
bonds. In the recent years, the technique of Fluorescence
Resonance Energy Transfer (FRET) imaging has emerged
as a way to improve upon the resolution of conventional
light microscopy [10, 71]. FRET has been referred to as a
“spectroscopic ruler” because it is possible, through applica-
tion of the appropriate theory, to infer the distance between
donor and acceptor from the resulting FRET signals in fixed
and in living cells. Typically, measurable FRET signals result
only when donor and acceptor are within ∼10 nm of each
other. As fluorescence imaging technology has advanced,
there has been growing interest in using FRET to map
inter- and intramolecular interactions in cells. Stout et al.
[8] used FRET techniques on living skeletal muscle cells to
demonstrate that there are rearrangements of alpha-actinin
and FATZ molecules as z-bodies fuse and realign to form
Z-bands. These FRET results supported the interpretations
of FRAP experiments during myofibrillogenesis [46] and the
premyofibril model (Figure 1). The current development of
microscopes that break the diffraction limit of light [72]
should reveal further insights into the disposition of protein
networks in myofibrils and the changes they undergo in the
processes of assembly and disassembly.

In summary, our goal is to understand how myofibrils
are assembled, remodeled, and maintained (Figures 1 and
3). We are using wild type and mutated sarcomeric proteins
to investigate the assembly (confocal and deconvolution
microscopes), dynamics and remodeling (FRAP), and inter-
actions (FRET) of the proteins in myofibrils in the living
state. Standard biochemical binding assays will be used
to support newly revealed FRET relationships detected in
living muscle cells. We will also be able to test the idea
that myofibrillogenesis shares both the same pathway and
molecular sarcomeric interactions, whether the assembly

takes place in tissue culture or in a living animal like the
zebrafish. In other words, we suggest that myofibrillogenesis
is a fundamentally conserved process, comparable to protein
synthesis, mitosis, or cytokinesis, whether examined in situ
or in vitro.
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This review focuses on recent developments in the molecular mechanisms by which Ca activates cardiac sarcomeres and how
these mechanisms play out in the cardiac cycle. I emphasize the role of mechanisms intrinsic to the sarcomeres as significant
determinants of systolic elastance and ventricular stiffening during ejection. Data are presented supporting the idea that processes
intrinsic to the thin filaments may promote cooperative activation of the sarcomeres and be an important factor in maintaining and
modifying systolic elastance. Application of these ideas to translational medicine and rationale drug design forms an important
rationale for detailed understanding of these processes.

1. Introduction

One of the significant challenges to investigations of control
mechanisms in cardiac contraction and relaxation is the
understanding of the relation between the molecular and
cellular biology of working ventricular myocytes and the
dynamics of the heart beat. There is wide acceptance that the
transition from diastole to systole requires electrochemical
coupling involving a membrane controlled release of Ca2+

into the sarcoplasmic space [1]. The rise in intracellular Ca2+

induces chemomechanical coupling in which Ca-binding
to cardiac troponin C (cTnC) triggers a series of protein-
protein interactions releasing the thin filaments from inhibi-
tion and promoting a force generating interaction between
myosin cross-bridges and actin. The rise in intracellular
Ca is transient as highly effective processes actively trans-
port the Ca2+ back into cellular storage depots within
the sarcoplasmic reticulum or back to the extra-cellular
space. Thus, chemomechanical uncoupling has generally
been considered to occur by a fall in intracellular Ca2+,
release of Ca2+ from cTnC, waning of the actin-cross-bridge
reaction, and a return of the myocytes to their diastolic
state. In relating these molecular and cellular processes to the
heart beat, there has been much focus on the idea that the

dynamics are determined largely by the amounts and rates of
movements of Ca2+ to and from the sarcomeres. A natural
and understandable extension of this idea is that variations
in the amounts of Ca2+ released to the sarcomeres largely
determine contractility.

However, this perspective ignores the significant role
of processes intrinsic to the sarcomeric proteins as deter-
minants of the dynamics of the heart beat and as a
controlled variable determining contractility. Early studies
demonstrated that switches in isoform population of the
myosin heavy chain have significant effects on dynamics
of the heart beat independent of altered Ca2+ fluxes. More
recent studies have demonstrated that isoform switches,
posttranslational modifications, and mutations in sarcom-
eric proteins may also affect cardiac dynamics apart from
membrane controlled alterations in cellular Ca2+ fluxes [2,
3]. It is also significant that the emphasis on Ca2+ as the main
determinant of altered contractility is based largely on studies
with unloaded cardiac myocytes in which intracellular
Ca-transients and shortening are determined. The critical
question, however, is how do these molecular events relate in
time to the heart beat in which pressure first develops with no
change in volume then pressure is sustained while ejection is
ongoing and volume is decreasing, and finally pressure falls
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Figure 1: Structure of a patch of cardiac thin filament demonstrating the position of troponin components with tropomyosin (Tm) in the
“off” state. (a) Thin filament containing, only troponin I (cTnI) and troponin C (cTnC). cTnC is shown as a dumbbell shaped protein with
the N-lobe containing a single regulatory Ca-binding site. cTnI is shown tethered to actin on an actin strand by an inhibitory peptide (Ip)
and a second actin binding region flanking a switch peptide (Sw), which interacts with cTnC upon Ca-activation. The distal C-terminal
end of cTnI drapes across azimuthal actins and may interact with Tm. cTnI has a unique stretch of N-terminal amino acids, which contain
phosphorylation sites at S23, S24. The N-peptide interacts with the N-lobe of cTnC, but is released upon phosphorylation and may react
with the Sw or Ip of cTnI. (b) Thin filament contains the complete Tn complex. Note that the Ip of cTnI binds to one actin strand, whereas
the N-terminal tail of troponin T (cTnT) interacts with Tm on the adjacent actin strand. The consequence is that Tm is wedged and held in
a blocking position.

with no change in volume. What we need to know is how
do the Ca2+ transients change in an ejecting beat, where is
the Ca2+ bound during this time, and how does free and
bound Ca2+ change with physiological, pathophysiological,
and pharmacological manipulations of cardiac function. We
need to fully integrate processes upstream and downstream
to Ca-binding to cTnC and to know their relative significance
in these manipulations.

In the present review, I focus on the molecular and
cellular events in the ventricular heart beat that occur after
Ca2+ binds to cTnC and induce conformational changes in
the thin and the state of the thin and thick filaments after
Ca2+ is released from cTnC. I discuss a current view of the
molecular interactions among sarcomeric proteins responsi-
ble for the transition from diastole to systole and potential
mechanisms by which activation of the actin-cross reaction
may be sustained by cooperative processes in sarcomeric
activation. I also present recent developments supporting the
hypothesis that sarcomeric proteins are effective targets for
inotropic agents useful in cardiac disorders including heart
failure.

2. Promotion of the Actin-Cross-Bridge
Reaction by On-Off Control of the Troponin
Ca-Switch

Ca-binding to cTnC engages a remarkable and complex set
of protein-protein interactions that result in the release of
the thin filament from an inhibited state and in a force
generating interaction between the myosin cross-bridge and

actin. These interactions provide many potential control
points for regulation of the sensitivity and steepness of the
response to Ca2+, as well as force, ATPase rate, and cross-
bridge kinetics at a given level of bound Ca2+. Recent studies
[4–7] continue to illuminate these interactions and provide
new perspectives.

Figure 1 illustrates a portion of a structural unit of the
thin filament (7 actins in 1:1:1:1 complex with tropomyosin
(Tm), troponin C (cTnC), troponin I (cTnI), and troponin
T (cTnT). Figure 1 includes a current perception of these
interactions based on evidence from the core crystal struc-
ture of cardiac troponin (Tn) [8], from elucidation of the
structures by NMR [9], from biochemical investigations of
protein-protein interactions [10–12], and from reconstruc-
tions and single particle analysis from electron micrographs
of reconstituted myofilament preparations [5]. To clarify the
relatively recent updates and new concepts in the structure
functions relations, Figure 1 (a) shows only the cTnI and
cTnC (with Ca2+-bound to two C-terminal lobe structural
sites) components binding to an actin-tropomyosin strand in
the thin filament. Figure 1 (b) adds cTnT and illustrates new
data demonstrating that the N-terminal tail of cTnT binds to
an actin strand opposite to that to which cTnI-cTnC binds.
Figure 1(a) depicts cTnI and cTnC in the thin filament based
on the core crystal structure of cTn. The crystal structure
did not resolve significant regions including an inhibitory
peptide (Ip), which tethers cTnI to actin, and the unique
N-terminal peptide (∼30 amino acids). The structure of
these regions is based on biochemical evidence including
determination of protein-protein interactions, florescence
energy transfer, and NMR solution structure determination
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Figure 2: Alterations in thin filament structure and promotion of the actin-cross-bridge reaction induced by Ca2+-binding to cTnC. The
left panel shows the diastolic state as in Figures 1 and 2. The right panel shows the systolic state and illustrates the release of cTnI from
actin and binding of the switch peptide to cTnC most likely at a hydrophobic patch induced by Ca2+ -binding to the N-lobe of cTnC. cTnT
from the Tn complex on the adjacent actin strand is shown with stripes. Activation is associated with release of Tm from an immobilized
state by protein signaling to cTnT and possible release of Tm from an interaction with the C-terminal end of cTnI. See text for further
description.

(reviewed in [10]). Figure 1(a) illustrates an off state with
binding of cTnI to actin via two regions, a highly basic
inhibitory peptide (Ip) and a second actin binding region.
Importantly these regions flank a “switch peptide.” New
data provide evidence for a role of the cTnI C-terminal
mobile domain in the off state. This C-terminal domain has
been demonstrated to bind to azimuthally localized actins
with the far cTnI C-terminus lying across Tm [4]. Direct
biochemical evidence for an interaction between this region
of TnI and Tm has been reported by Mudalige et al. [13],
who employed photochemical cross- linking studies with Tm
labeled at positions 146 or 174. Their data indicate a cross-
linking of Tm-146 with fast skeletal TnI (fsTnI) peptide 157-
163 (DVGDWRK), which corresponds to a nearly identical
C-terminal peptide in the cTnI (EVGDWRK). Importantly
this study also demonstrated that the cross-linking between
Tm and fsTnI occurred only under low Ca2+ conditions,
whereas cross-linking of Tm-174 to TnT was not Ca2+-
dependent. This interaction may be critical to control of
thin filament activation state and provides a mechanism
for earlier observations indicating a significant role for the
far C-terminal peptide of cTnI [14, 15] in thin filament
activation. Figure 1(b) illustrates the position of cTnT in
the thin filament complex with the C-terminal regions
interacting together with the near N-terminal region of
cTnI and the C-terminal lobe of cTnC. cTnT is the main
anchor site of the Tn complex to Tm. Sites of interaction
occur between N-terminal regions of cTnT and Tm-175-
190 and Tm-258-284 [10, 11, 16]. Figure 1(b) shows a new
concept of the interaction of cTnT with the thin filament
based on predictions reported by Galinska-Rakoczy et al.
[4]. This study predicted that the N-terminal extension
of cTnT binds to the strand of actins opposite to that
binding the main core Tn complex. Thus, as described
[4] and illustrated in Figures 1 and 2, Tm is wedged in
the blocking position between the cTnI mobile domain on
one side and the troponin core domain and TnT on the

other. Thus the off state of the thin filament involves an
immobilized Tm blocking the actin cross-bridge reaction.
Immobilization of Tm involves anchoring of cTnI to actin as
well as interactions between the N-terminal tail of TnT with
Tm and possibly the C-terminal mobile domain of cTnI with
Tm.

Figure 2 shows the transition in myofilament state with
Ca2+ binding to cTnC. With its release into the intracellular
space, Ca2+ binds to cTnC at a single site in the N-lobe
and promotes the “on” state by inducing the generation
of a hydrophobic patch, which draws the cTnI switch
peptide to cTnC. This critical event in the on-off switching
mechanisms releases the thin filament from inhibition by
movements of the Ip and second actin binding site of cTnI
from actin. The Ca-binding signal also induces a release
of TnT from its interaction from Tm. These Ca-induced
alterations in thin filament protein-protein interactions
result in transition of Tm from a relatively immobilized
state to a mobile state permitting the reaction of cross-
bridges with actin. The propensity of interaction of the cross-
bridges with actin is also governed by the relative radial
position of the cross-bridge with respect to the thick filament
proper. As discussed below there is compelling evidence
that regulatory mechanisms control this radial movement
of cross-bridges. These regulatory mechanisms involve thick
filament associated proteins, myosin light chain 2 (MLC2)
[17], myosin binding protein C (MyBPC) [18], and titin
[19].

3. Modulation of the Troponin Ca2+ Switch

To illustrate modulation of the Ca2+ switch I discuss
phosphorylation of cTnI. A major region of phosphory-
lation is the cTnI-N-terminal peptide, which is unique to
the cardiac isoform. I have reviewed the multiple kinases
controlling sarcomeric protein phosphorylation elsewhere
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[12]. Figure 1(a) indicates an interaction of the N-terminus
of cTnI, which contains 2 prominent phosphorylation sites,
which are substrates for PKA, PKG, PKD, and PKC-δ [12]. As
discussed below this interaction is an important determinant
of the affinity the cTnC N-lobe for Ca2+. Figure 1 also shows
interactions of the unique N-terminal peptide of cTnI with
the N-lobe of cTnC. This interaction is strong when the N-
peptide is not phosphorylated at Ser 23, Ser 24, but with
phosphorylation at these sites the N-peptide is released from
cTnC [20]. The release of the peptide induces a significant
depression in Ca-affinity of cTnC [21] and appears to
promote an increase in kinetics of the actin-cross bridge
reaction [22, 23]. These effects together with adrenergic
control of Ca fluxes are important aspects of the tuning of
the contraction relaxation cycle of the heart to altercations
in heart rate. On the basis of NMR determination of the
solution structure on the N-peptide of cTnI, we hypothesized
that this peptide, which has negatively charged residues,
might interact with the positively charged regions of the cTnI
Ip [9, 24]. We tested this possibility employing a hetero-
bifunctional cross linker linked to a Cys residue engineered
into position 5 of cTnI normally containing Ser 5 and
into position 19 normally containing an Iso residue [24].
Our data demonstrated an intermolecular interaction with
positions Met-47 and Met-80 of cTnC and an intramolecular
interaction between the N-peptide of cTnI and cTnI at
Met-154 (I19C mutant) and Met-155 (S5C mutant). Met
154 and Met 155 are residues located in the cTnI switch
peptide, and thus we hypothesized that this interaction may
be a critical regulatory device and dependent on the charge
state of the cTnI N-peptide. The hypothesis needs to be
further tested by experiments employing other probes of
conformation changes such as fluorescence resonance energy
transfer and electron spin resonance. Other prominent and
unique sites of phosphorylation of cTnI are Thr 144 in
the Ip and Ser 43, Ser 45 in a near N-terminal region
of cTnI, which interacts with the C-lobe of cTnC and
C-terminal regions of cTnT [10, 12]. Phosphorylation of
Thr 144 has been demonstrated to either enhance Ca2+

sensitivity or have little effect, whereas phosphorylation
of Ser 43/Ser 45 has been reported to depress maximum
tension and Ca2+ sensitivity of skinned fiber preparations.
Phosphorylation of these sites has also been reported to slow
down velocity of thin filament sliding in the motility assay,
whereas phosphorylation of cTnI Ser 23/Ser 24 enhances
sliding velocity [10].

4. The Time Course of Systolic Elastance
and Rates of Isovolumic Relaxation Reflect
Mechanisms at the Level of
Sarcomeric Proteins

Relating the molecular mechanisms summarized in Figures 1
and 2 to the cardiac cycle especially in large animals remains a
significant challenge, which is critical in translational studies.
Figure 3 illustrates the cardiac cycle simply by the time course
of the change in left ventricular pressure during an ejecting
beat in basal conditions in a dog heart. The time course
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Figure 3: Relation between left ventricular pressure changes during
the cardiac cyle and Ca2+-binding to cTnC in the myofilament
lattice. The onset and end of ejection are indicated. Note that
pressure (systolic stiffening or elastance) is maintained despite
the fall in bound Ca2+. The Ca2+ binding kinetics are based on
computations described Burkhoff and colleagues [25, 26]. See text
for further discussion.

of the beat serves to constrain theories relating the cellular
and molecular mechanisms of contraction and relaxation.
Studies employing hearts loaded with Ca-sensitive dyes such
as Rhod 2 and use of fiber optic directed excitation, and
emission measurements have been carried out to determine
the time course of cellular Ca2+ transients in a heartbeat
[27, 28]. However, these studies have employed isovolumic
rodent hearts. It is not clear therefore how the time course
of the Ca2+ transient relates to the time course of systolic
elastance in a beating ventricle. Even so, studies of Ca2+

transients and isometric force generation reveal that the
duration of the Ca2+ transient is faster than the duration
of force development [25, 29]. The critical dynamic is the
time course of Ca2+-binding to cTnC during a beat of the
heart. Unfortunately, we do not have measurements of the
amounts of Ca2+ bound to the myofilaments during the heart
beat. Early and more recent studies have demonstrated that
the only site capable of exchanging Ca2+ during the beat is
the single regulatory binding site on the N-lobe of cTnC
(Figure 2). As illustrated in Figure 3, indirect estimations
[30] and computations [25, 26] based on rate constants of
Ca2+ exchange with cTnC indicate that, as expected, the
Ca-binding increases with the transition from diastole to
systole, but these same computations also indicate that cTnC
bound Ca may decrease significantly during maintenance of
systolic elastance and ahead of isovolumic relaxation. The
data illustrated in Figure 3 have important consequences
with regard to our understanding of physiological control
of ejection, its modification in cardiac disorders, and in
approaches to alterations in sarcomeric function by drug
targeting. Moreover if Ca2+-binding and the Ca2+-transient
are essentially over at the end of ejection and closure
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of the atrioventricular valves this means that isovolumic
relaxation and re-establishment of the diastolic state depends
on mechanisms intrinsic to the myofilaments. Hinken and
Solaro [3] have previously discussed this disparity and
potential mechanisms by which systolic elastance might be
maintained in the face of a declining Ca2+ transient and
cTnC bound Ca2+. The mechanisms involve a cooperative
activation of the thin filaments in which Ca2+ binding
to a cTnC on the thin filament promotes activation of
near neighbor units. However, recent evidence has provided
highly relevant and new perspectives on the cooperative
processes, and on the modifications in the myofilaments
that may modulate elastance [4–7]. These control processes
intrinsic to the myofilaments are also of significance in
preload (sarcomere length) sensing and engagement of
immediate responses in terms of the Frank-Starling relations.
Intrinsic myofilament mechanisms also are important in
sensing the load in a negative feedback mechanism related
to the force-velocity relation and in power generation [31,
32], and also in the relaxation kinetics related to rates of
cross-bridge detachment and intersarcomere dynamics (as
described by Pogessi et al. [33]).

5. Thin and Thick Filament Mechanisms
Related to Maintenance of Systolic Elastance

Cooperative activation of cardiac myofilaments has long
been appreciated as a significance aspect of control of cardiac
function including diastolic filling, the triggering and sus-
taining of developed pressure, and the dynamics of relaxation
[10, 34]. Strong evidence for this cooperativity comes from
measurements of the steady-state relation between free Ca2+

and force generation in detergent extracted single myocytes
or bundles of myocytes. Despite control of activation by a
single regulatory site on cTnC, the force-Ca2+ relations are
steep and are commonly fit with Hill coefficients in the range
of 3–5 [35]. Moreover as mentioned above in presteady state
measurements of the relation between the duration force
generation in fiber preparations, the dynamics of the Ca2+

transient show that the decline if the Ca2+ transient occurs
well ahead of the Ca2+-transient.

Interactions among proteins within a functional unit and
among the functional units of the sarcomere form the basis
of the most prominent theories for the mechanism of the
steep dependence of force on Ca2+. These interactions are
illustrated in Figure 4. What promotes these interactions is
under current debate. Detailed balance drives one of the
theories in which the energies of interaction between cTnC
and the actin-myosin interface flows in both directions.
That is, the promotion of the actin-myosin interaction
by Ca2+ signaling through cTnC in turn promotes Ca2+

binding to cTnC [10, 16, 34]. For example, in steady-
state measurements of the Ca2+-force relation in skinned
fibers, as more force generating cross-bridges react with
the thin filament with increases in Ca2+, this theory pre-
dicts an increase in the affinity of cTnC also increases.
Longitudinal spread of activation along the thin filament
forms the basis for a second theory. The mechanism for

TnT-N-term
(from opposite
actin strand)

Tm-
overlap

cTnI-Ip

Figure 4: View of an extended region of a functional unit of
the thin filament illustrating the position of the Tn complexes
and the possible interactions among contiguous functional units.
Cooperative spread of activation of one region of the thin filament
may occur by actin-actin interactions or by spread via Tm overlap.
Color coding of proteins as in Figure 2.

the longitudinal spread remains a matter of debate. There
are data demonstrating that strongly bound (rigor) cross-
bridges are able to move Tm away from the cross-bridge
binding sites on actin and closer to the groove in the actin
helix [5]. Contiguous Tms overlap forming a continuous
molecular strand believed to sensitive to this cross-bridge
induced movement of Tm (Figure 4). Thus, in this theory
activation spreads to a near neighbor functional unit without
the need for Ca2+ binding to the cTnC in that unit. One
of the issues with the theories described above is that they
are based on measurements of Ca2+-binding and spread of
activation in which nucleotide free (rigor) cross-bridges or
cross-bridges modified with NEM are used as a surrogate for
the strongly interacting and force generating cross-bridge.
These cross-bridges strongly react with the thin filament
but do not cycle and generate tension. Recent direct tests
have failed to demonstrate that force generating, cycling
cross-bridges promote molecular modifications in the thin
filament in the same way as to rigor cross-bridges. One
set of studies involved measurements of Ca2+ binding to
the regulatory site of cTnC in reconstituted thin filaments
alone or reacting with nucleotide-containing or nucleotide
free cross-bridges in the form of myosin-S1[36]. The data
are summarized in Table 1. A significant findings in these
data are that Ca2+ binding to the single regulatory site is
cooperative (nH = 1.65) in the presence and absence of
nucleotide bound myosin S-1. Moreover, reaction of the thin
filaments with nucleotide-free S-1 increased Ca2+-affinity as
predicted from previous studies, with a significant decrease
in cooperativity (nH = 0.85). These data indicate that
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Table 1: Strong binding rigor cross-bridges but no cycling cross-
bridges affect Ca-binding to troponin C in reconstituted myofila-
ment preparations. Data are from Davis et al. [36].

System Kd nM Hill n Koff(/s)

Thin Filament 4810± 300 1.65± 0.04 105 + 1

Thin Filament + S1 777± 30 0.81± 0.02 13± .1

Thin Filament + S1 + ATP 5040± 400 1.65± 0.08 110± 1

cooperative activation of myofilaments relies on mechanisms
intrinsic to the thin filaments. Studies probing thin filament
activation by use of fluorescent probes at specific sites
on cTnC support this concept [6, 7]. cTnC labeled with
probes sensing the “on” state and incorporated into skinned
fiber preparations, tracked the Ca2+-force relation and show
a similar cooperative response. The relation between the
“on” states of cTnC remained the same when the cross-
bridge interactions were completely blocked with blebbis-
tatin. Thus these results indicate that the promotion of
near-neighbor interactions along the thin filament do not
require force generating cross-bridges. These results alter
thinking with regard to the relative roles of cycling and rigor
cross-bridges. There may be some effects of cycling cross-
bridges on cooperative activation of the thin that are more
apparent in presteady state measurements, but evidence
of the relative low numbers of interacting cross-bridges
during contractions suggests that this would be a minor
influence. On the other hand in conditions of compromised
generation of ATP and the elaboration of nucleotide free
cross-bridges, there would be an influence on activation.
Thus, the current evidence does not dismiss effects of rigor
cross-bridges on myofilament activation, but relegates this
mechanism to a patho-physiological role as in ischemia
and cardiomyopathies rather than in physiological control
mechanisms.

6. Signaling to Cardiac Sarcomeres and
Control of Cooperative Activation

Modifications in thin filament proteins appear to affect
cooperative spread of activation induced by force generat-
ing and rigor cross-bridges. Cross-bridge dependent thin
filament activation depends on the isoform population of
TnI. In myofilaments regulated by slow skeletal TnI (ssTnI),
the ability of rigor and NEM-modified cross-bridges to
activate force generation in the absence of Ca2+ was less
than in the case of myofilaments controlled by cTnI [37].
This difference was particularly evident at acidic pH and
evidence was developed to implicate a role. His residue at
position 34 in ssTnI. When His-34 was replaced by Ala,
which is the residue at the homologous position (Ala-66)
in cTnI, activation by rigor cross-bridges was similar to
that of myofilaments controlled by cTnI. These findings led
us to compare cross-bridge dependent activation in cardiac
myofilaments controlled either by wild type cTnI or by
cTnI-A66H. When pH was reduced from pH 7.0 to pH
6.5, there was enhanced cross-bridge-dependent activation

in cTnI myofilaments, but depressed activation in cTnI
(A66H) myofilaments. These data may be of significance
in our finding that compared to wild-type controls that
adult hearts expressing ssTnI demonstrate protection against
the stress of ischemia and reperfusion, where rigor cross-
bridges are likely to be present [38]. In view of evidence that
ischemia is associated with activation of protein kinase C
(PKC), Engel et al. [39] also compared the ability of NEM-
S1, a mimic of rigor cross-bridges to activate control cardiac
myofilaments regulated by cTnI and myofilaments controlled
by cTn complex containing either cTnI-(S43E/S45E) or
cTnI-(T144E). These pseudo-phosphorylated sites are pre-
dominant PKC sites in Tn. Our data show that compared to
controls, the myofilaments controlled by cTnI-(S43E/S45E)
demonstrated a significant reduction in the ability of NEM-
S1 to recruit cycling cross-bridges. Pseudo-phosphorylation
of cTnI-(T144) had similar but less extensive effect. The
functional significance of the modifications in Tn may be
important in sparing energy consumption in ischemia.

Studies with transgenic models expressing cardiac spe-
cific and pseudo-phosphorylated mutants of cTnI (cTnI-
S43E, S45E, T144E) also provide evidence of the significance
of potential thin filament related cooperative mechanism
[40]. In these studies extensive two-dimensional gel analysis
demonstrated replacement of the endogenous cTnI with
only 7.2 ± 0.5% of the mutant. Even with this modest
increase in PKC-dependent phosphorylation, data from
studies with perfused hearts, and intact and skinned myocar-
dial preparations showed an induction of highly significant
depressions in pressure and force generation with no change
in Ca2+ transients. There were also significant depressions
in relaxation rates. Mathematical modeling revealed that
these effects are likely to be induced by a simultaneous
reduction in the rate of cross-bridge entry into the force
generating state, and by an increase in Ca2+ -independent
persistence of the myofilament active state. Whatever the
case, these data indicate that the small number of modified
TnI proteins in the hearts of the transgenic mice expressing
the mutant protein must be able to influence their neighbors
on the thin filament. Effects of the expression of the pseudo-
phosphorylated cTnI on systolic elastance and isovolumic
relaxation have not as yet been carried out.

Modifications in thick filament proteins especially
MyBP-C and MLC2 appear especially important in affecting
systolic elastance. In comparing various transgenic models
Palmer et al. [41] reported that only the hearts of the
cMyPP-C t/t mice demonstrated a significant change in
stiffening during ejection. Whereas the controls reached 42%
of maximum elastance at the onset of ejection, the t/t mutant
hears reached 77% of peak elastance. Moreover, elastance
peaked earlier and was abbreviated in hearts of the cMyBP-C
t/t mice compared to controls. Thus these data indicate that
normal cardiac function and duration of systolic elastance
rely on the integrity of MyBP-C. Scruggs et al. [17] have also
generated evidence indicating the phosphorylation of MLC2
may be an important factor in determining the duration of
systolic elastance. The states of both MyBP-C and MLC2
are likely to be important factors in determining radial
disposition of the heads of myosin.
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7. Sarcomeric Proteins as Targets for
Inotropic Agents

Potential application to rational drug design is a significant
aspect of the understanding of the relations between cellular
and molecular mechanisms at the level of the sarcomeres.
There has been a long standing effort to develop agents
that directly modify the sarcomere response to Ca2+ with
some success (see [42, 43] for reviews). Levosimendan and
pimobendan are examples of such agents, which progressed
into clinical use, and which are able to promote sarcomere
responsiveness to Ca2+ and demonstrate some therapeutic
benefits in acute and chronic heart failure. However, these
agents have off target effects and there is a need for agents
or approaches with more specific targeting to the sarcomeres
[42]. For example, both Levosimendan and Pimobendan
have been demonstrated to inhibit phosphor-diesterase III
in addition to directly affecting Ca2+-signaling to TnC.
The identification of the molecular processes involved in
maintenance of systolic elastance and as determinants of
isovolumic relaxation provides clues as to the location of
these targets. A recent apparent success in the search for
sarcomere activators has been the identification of a com-
pound developed by Cytokinetics, Inc (CK-1827452) directly
reacting with myosin and prolonging systolic elastance
(reviewed in [44]). Evidence for factors maintaining systolic
elastance summarized is thus significant in translational
medicine, as these results with CK indicate that modification
of systolic elastance is a viable pharmacological target.
Modification of Tn, MLC2, MyBP-C or titin by drugs may
also be an important road to success, but has not been
explicitly investigated.
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The intercalated disk (ID) is a complex structure that electromechanically couples adjoining cardiac myocytes into a functional
syncitium. The integrity of the disk is essential for normal cardiac function, but how the diverse elements are assembled into
a fully integrated structure is not well understood. In this study, we examined the assembly of new IDs in primary cultures of
adult rat cardiac myocytes. From 2 to 5 days after dissociation, the cells flatten and spread, establishing new cell-cell contacts in
a manner that recapitulates the in vivo processes that occur during heart development and myocardial remodeling. As cells make
contact with their neighbors, transmembrane adhesion proteins localize along the line of apposition, concentrating at the sites
of membrane attachment of the terminal sarcomeres. Cx43 gap junctions and ankyrin-G, an essential cytoskeletal component
of voltage gated sodium channel complexes, were secondarily recruited to membrane domains involved in cell-cell contacts. The
consistent order of the assembly process suggests that there are specific scaffolding requirements for integration of the mechanical
and electrochemical elements of the disk. Defining the relationships that are the foundation of disk assembly has important
implications for understanding the mechanical dysfunction and cardiac arrhythmias that accompany alterations of ID architecture.

1. Introduction

Cardiac myocytes are linked to each other along their axis of
contraction by complex connections called intercalated disks
(reviewed in [1]). The cardiac intercalated disk (ID) is com-
posed of three types of cell-cell contacts: adherens junctions,
gap junctions, and desmosomes. These connections serve as
anchorage sites for the actin cytoskeleton, the intermediate
filament network, microfilaments, microtubules, and the
terminal ends of the myofibrils. They stabilize the cellular

cytoskeleton and electromechanically couple adjoining car-
diac myocytes to form a functional syncitium. Alterations in
the structure of the disk, either due to mutation of one of
its components or aberrant remodeling during heart failure,
can lead to progressive contractile dysfunction and cardiac
arrhythmias [2].

ID remodeling may be an important ventricular adap-
tation to congestive heart failure. In response to dilated
cardiomyopathy (DCM) and congestive failure, there is
a marked upregulation of adherens junction constituents,
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including N-cadherin, and β-catenin, and the plicate region
of the intercalated disk becomes much more undulated
[3]. Since the increased undulation will decrease the angle
of incidence between the working myofibrils and their
membrane anchorage sites, this will result in an improved
force transmission and diminished shear stress at the inter-
calated disk. Therefore, structural adaptations within the
intercalated disk, specifically within the adherens junctions,
may in part compensate for the increased myocardial strain
that accompanies congestive heart failure and DCM and may
enable optimization of force transmission in this setting.

In contrast to the adhesive complex proteins of the
intercalated disk, connexin43 (Cx43), a gap junction protein
is not upregulated and, according to some reports, even
downregulated in the setting of DCM [4]. Several studies
have also shown significant redistribution of Cx43 in the
setting of cardiomyopathies and heart failure [5]. This
suggests that there are distinct regulatory pathways governing
the expression of the mechanical and electrical elements of
the ID, and that these pathways can be affected by disease.
Additional studies have shown a close interaction between
the mechanical and electrical components of the intercalated
disk since loss of N-cadherin disrupts connexin localization
and cardiac impulse propagation [6], and correct targeting of
Cx43 to the ID depends on transport of the intact protein to
cadherin-containing adherens junctions of the disk [7]. This
suggests that the disruption of the mechanical components
of the disk may lead to destabilization of the gap junctions
and ventricular arrhythmias.

Perhaps the most direct evidence of the important rela-
tionship between the structural and electrophysiologic prop-
erties of the ID involves the clinical syndrome of Arrhythmo-
genic Right Ventricular Cardiomyopathy/Dysplasia (ARVC).
ARVC is a heterogenous disorder characterized by severe
ventricular arrhythmias and, commonly, fibro-fatty replace-
ment of regions of the right and/or left ventricle (reviewed in
[8]). It has been estimated that, although ARVC is a relatively
rare condition, affecting approximately 1 in 5000 people in
the U.S., it is responsible for approximately 10% of the cases
of sudden death in individuals under the age of 35 [9–11]. To
date, ten different genes have been determined to be respon-
sible for causing ARVC, including desmocollin, desmoglein,
desmoplakin, plakophillin-2 (PKP2), plakoglobin, desmin,
ZASP, Transmembrane Protein 43 (TP43), and Transforming
Growth Factor β3 (TGF β3). For many of these genes,
mutations have only been identified in a few pedigrees
worldwide [8] or lead to “atypical” forms of ARVD.

The great majority of ARVC cases with identified
genetic mutations are linked to genes coding for proteins
of the desmosome. Since none of these proteins directly
participate in propagation of the cardiac impulse, alteration
in the properties of the desmosome must have important
secondary effects on the electrochemical connections within
the ID including the gap junctions and/or the voltage-gated
sodium channels (VGSC). Recent studies have supported this
assertion, demonstrating that plakophilin-2 (PKP2), a part
of the desmosomal complex, is involved in stabilization of
gap junctions and VGSCs within the ID. Loss of PKP-2 was
associated with redistribution of Cx43 gap junctions in cell

culture models and in patients with ARVC [12–14] and with
decreased sodium current and lower conduction velocity
in cultured cardiac myocytes [15]. Yet the relationships
between the assembly and organization of the desmosomes
and the recruitment and stabilization of the gap junctions
and VGSCs have not been well characterized. In this study, we
examined the assembly of IDs in remodeling adult rat cardiac
myocytes in primary culture. The findings suggest pro-
gressive and coordinated maturation of the transmembrane
adhesion complexes, intracellular cytoskeletal networks, and,
ultimately, specialized sarcolemmal domains.

2. Materials and Methods

2.1. Cell Culture. Primary cultures of cardiac myocytes were
isolated from adult female rats using enzymatic dissociation
of myocardial tissue with trypsin and collagenase as previ-
ously described [16]. Cells were cultivated on coverslips in
199 medium as described [17].

2.2. Immunohistochemistry. Cells on coverslips were washed
with PBS, fixed in methanol for two minutes, and rinsed
with PBS. Coverslips were incubated in PBS+0.1%TX100+1
mg/ml BSA for 30 minutes, rinsed three times with PBS, and
incubated with primary antibody diluted in PBS+BSA for
1.5 hours at room tempretare. Following three PBS washes,
coverslips were incubated with secondary antibodies. Cells
were incubated with monoclonal and polyclonal antibodies
together, followed by combined corresponding secondary
antibodies. Controls for immunostaining were the omission
of both primary antibodies and omission of both secondary
antibodies. Sequential staining was performed when two
monoclonal antibodies were used on one sample. After
the first primary/secondary incubations, coverslips were
incubated at 4◦C overnight with goat antimouse IgG, then
washed with PBS and incubated with Fab fragment of goat
antimouse IgG. The second primary/secondary antibodies
were then applied. Additional controls included reversing
order of secondary antibodies and reversing order of primary
incubations.

The following primary antibodies were used: 4B2
against Dsg [18], PKP2 (1 : 20, Biodesign International,
Meridian Life Science, Saco, ME. K44262M), pan-cadherin
(1.4 mg/ml, Sigma C3678), NW6 against desmoplakin
(1 : 100), ankyrinG (10 μg/mL, SCBT, SC28561), connexin43
(750 μg/mL, Sigma C8093), plakoglobin (1 : 100, Sigma
P8087), Nav1.5 (40 μg/mL, Alamone ASC-005). FITC
conjugated goat-antimouse IgG, Texas Red conjugated
goat-antimouse IgG, FITC conjugated goat anti-rabbit IgG,
and Texas Red-conjugated goat antirabbit IgG were obtained
from Jackson ImmunoResearch Laboratories Inc. (West
Grove, PA). Coverslips were mounted on slides using the
Prolong Gold antifade reagent with DAPI (Molecular Probes
Inc., Eugene, OR). Immunostained samples were examined
with an Olympus FV-500 Meta confocal microscope using a
60x objective.

2.3. Electron Microscopy. Cells were plated on laminin-
coated coverslips as above. Five days post plating, the cells
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Figure 1: Reassembly of cell-cell contacts in remodeling adult rat cardiac myocytes in culture. (a, b) On days 1–3 post plating, the cell rounds
up, the IDs disassemble, and cadherins redistribute along the periphery of the cell (arrow in b). (c, d) Between days 5–7, new cell-cell contacts
form and cadherin localizes to specific domains along the line of apposition (arrows). (e) By 14 days post plating, the cell-cell contacts have
remodeled to form more localized and mature structures (arrow). Scale bars are 20 μm.

were fixed overnight at 4◦C in 2.5% glutaraldehyde and 2.0%
paraformaldehyde and post fixed in 1% osmium tetroxide.
After washing, they were stained with saturated uranyl
acetate, and embedded in Epon 812. Ultra-thin sections were
prepared and stained with saturated uranyl acetate and lead
citrate. The sections were examined with a Philips CM100
transmission electron microscope, at an accelerating voltage
of 60 kV.

3. Results

3.1. Time Course of ID Remodeling in Primary Culture.
Adult rat cardiac myocytes grown in primary culture in the
presence of serum disassemble their contractile structures
and remodel their cellular cytoskeleton [19]. Over the course
of 2–5 days, the cells extend processes, form new cell-matrix
and cell-cell contacts, assemble new myofibrils, and resume
spontaneous beating. During the remodeling process, the
components of the ID are dismantled and subsequently
reassembled at the new sites of cell-cell contact. To assess
the time course of intercalated disk reassembly, primary
cultures were immunolabeled with a pan-cadherin and
PKP2 antibodies at timepoints from 1 to 14 days post
plating (Figures 1 and 2). It was noted that, as a result
of cell spreading and redistribution of adhesive junction
components, new cell-cell contacts began to form as early as
3 days post plating along the boundaries between adjoining
cells (Figure 2). Over the next 1-2 weeks in culture, the degree
of myofibril alignment increased and the new IDs became
focused at the polar ends of the myocyte along the new axis
of contraction (see Figures 1(e) and 1(e′)).

Based on these studies, the 5 day post-plating timepoint
was selected for further analyses. This timepoint allowed
the evaluation of the order of incorporation of cytoskeletal

elements into more complex and organized assemblies
(Figure 3). At later timepoints, contractile activity and
ongoing remodeling made it more difficult to differentiate
assembling from disassembling structures.

3.2. Adhesive Junction and Armadillo Family Proteins Colocal-
ize during the Early Phase of ID Assembly. To determine the
scaffolding requirements for each element of the ID, their
inclusion into new cell-cell contacts of varying complexity
and maturity was examined at 5-days post plating. The order
of incorporation was determined by pairwise comparison of
double immunolabelings with an array of ID components.
If two elements precisely colocalized in all cells sampled
then they were scored as essentially concurrent in their
incorporation into the new cell-cell contact. For some pairs,
one of the two elements was never noted at cell contacts in
the absence of the other; that element was determined to be
recruited after the other to the new cell contacts. For some
pairs, the localization patterns did not precisely overlap and
either protein could localize to the new contact without the
other. In those cases, the localization was determined to be
simultaneous but not strictly interdependent.

Using this approach, the earliest components of the ID
to localize to new cell-cell contacts were the transmembrane
proteins, including N-cadherin and desmocollin, and the
armadillo family proteins, including β-catenin (data not
shown), plakoglobin (PG), and PKP2 (Figure 4). Of these,
N-cadherin seemed to be required for adhesive contact
formation as none of the other components were noted
along the line of cell apposition in its absence. There was
some variability in the ratio of PKP2 to desmocollin (Figures
4(d)–4(f)), indicating that there may be a nonstoichiometric
relationship between the two, at least early in the assembly
process or that PKP2 can localize to contacts that do not
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Figure 2: Early remodeling of the intercalated disks of isolated
adult rat ventricular cardiomyocytes in primary culture. (a) One
day post plating, PKP2 (green) and N-cadherin (red) relocalize
from the intercalated disks to the lateral sarcolemma. (b)–(e) By
day 3 post plating, very immature cell-cell contacts have begun
to form between the spreading cardiomyocytes. N-cadherin (red)
specifically localizes to these contact sites before PKP2 (green).
Note that these new cell contacts predominantly contain either N-
cadherin (arrowheads in (b)–(f)) or both N-cadherin and PKP2
((b)–(f): yellow) but not PKP2 alone. Scale bars are 20 μm (b) and
10 μm (c)–(f).

contain desmocollin. However, the localization patterns were
nearly identical, indicating simultaneous or virtually simul-
taneous incorporation of the cadherin-armadillo protein
complexes of both desmosomal and adherens junctions

subtypes into the new cell adhesive domains. The most
notable differences were in regions where N-cadherin was
noted along projections within the cell extending from the
site of cell-cell contact. These may represent filopodial-like
cellular projections that, once the contact with the adjoining
cell is established, recruit desmosomal components including
PKP2 (Figures 4(a)–4(c)).

Localization of the desmosomal cadherins, PKP2 and
PG to overlapping sarcolemmal domains closely followed N-
cadherin incorporation. Variations in the relative abundance
of the two within the adhesive contacts (Figure 5) suggests
that, while PKP-2 and PG are localizing to the same
sarcolemmal regions concurrently, the presence of one may
not be required for the localization of the other and both may
be dependent on the presence of other components, namely,
the cadherins, for proper incorporation into the adhesion
complex.

Insertion of the intermediate filaments into the desmo-
somal complex requires desmoplakin (DP), a plaque protein
that binds to intermediate filaments and to desmosomal
proteins such as PKP2, PG, desmocollin, and desmoglein.
DP appeared to be recruited to the newly-formed cell
contacts after the assembly of complexes of the cadherin and
armadillo family of proteins. In addition, it appeared to be
recruited to only a subset of the contact sites. In contrast
to PKP2 which distributed along the entire adhesive contact,
DP localization was more granular in appearance, indicating
the assembly of desmosomal plaques (Figure 6).

3.3. Connexin43 Concentrates at New IDs after the Assembly of
the Adhesive Junction-Armadillo Protein Complexes. Previous
studies have demonstrated that gap junction formation
is dependent on the prior assembly of adhesive contacts
in multiple cell types including cardiac myocytes [20–
22]. Disruption of either desmosomal or adherens junction
complexes results in the loss of gap junctions from the
intercalated disk and the development of malignant ventric-
ular arrhythmias [23, 24]. Prior work by Kostin et al. [25]
demonstrated that, in primary adult rat cardiac myocytes in
primary culture, both adherens junctions (as determined by
immunolocalization of N-cadherin and α- and β-catenin)
and desmosomal contacts (as determined by desmoplakin
and PG) were recruited to new cell-cell contacts prior to the
formation of gap junctions. We similarly noted the recruit-
ment of gap junctions selectively to membrane domains
involved in adhesive contacts (Figure 7). Subsarcolemmal
assembly of connexons preceded their insertion into adhesive
domains (Figures 7(a), 7(b), and 7(d)).

3.4. Recruitment VGSCs to the Intercalated Disk. Previous
studies examining the localization of VGSC signaling com-
plexes to specific subcellular membrane domains have high-
lighted the role of ankyrins in the targeting and stabilization
process. It has been demonstrated that Nav1.5 physically
interacts with ankyrin-G [26]. A mutation in SCN5A, the
gene encoding Nav1.5, that impairs its ability to bind
ankyrin-G results in loss of the channel from the sarcolemma
and causes Brugada Syndrome, an electrophysiologic defect
of the heart associated with ventricular fibrillation and
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Figure 3: Ultrastructural analysis of new cardiomyocyte cell-cell contacts at 5-days post plating. At this timepoint, cell contacts form
and develop rapidly, allowing the observation of both nascent (a, b, d) and more mature (c, e, f, g) contact sites. (a) Remodeling
cardiomyocytes extend fingerlike projections (arrowheads) that interact with neighboring cells to form adhesive contacts (arrows) thereby
electromechanically linking the two cells. (b, d) Higher magnifications of an adhesive domain indicated in (a) shows insertion of actin
filaments into nascent adherens junctions (AJs) (arrows in (b)). Note the nascent (white arrowheads in (d)) and more mature (black
arrowhead in (d)) desmosomal contacts in close proximity to the maturing AJ. (c) A mature adhesive domain again demonstrates
desmosomal contacts (arrowheads) near a newly formed adherens junction (arrow). (e)–(g) More mature adhesive contacts demonstrate
adherens junctions (arrows in (e)) at the insertion of the terminal actin filaments of newly formed myofibrils, along with closely associated
desmosomal contacts (arrowhead in (f)) and gap junctions (arrowhead in (g)). Scale bars are 500 nm (a)–(f) and 100 nm (g).

sudden death [27]. Recent studies have further demon-
strated an interaction between PKP2 and Nav1.5, suggesting
functional integration of the VGSC with other membrane
proteins such as ankyrin and with desmosomal adhesive
complexes [15].

Therefore, to determine the structural requirements
for the recruitment of the VGSC to newly formed IDs,
the pattern of localization of ankyrin-G, Nav1.5, and the
desmosomal protein PKP2 was examined at 5 and 13 days
post plating. By 5 days post plating, ankyrin-G was specifi-
cally recruited to sarcolemmal domains involved in cell-cell
contacts as determined by PKP2 colocalization (Figure 8).
It appeared to arrive at the new ID significantly prior to
the Nav1.5 α subunit, consistent with ankyrin-G recruiting

VGSCs to the sarcolemma. Furthermore, it suggests that
ankyrin-G is likewise dependent for its localization on
targeting mechanisms that specifically direct it to sites of cell-
cell contact.

The Nav1.5 α subunit itself arrives at the newly formed
ID much later than ankyrin-G. At the 5-day timepoint,
when new cell-cell contacts are forming and ankyrin-G is
beginning to co-localize to cell contact sites, immunostaining
for Nav1.5 demonstrates a more diffuse localization (Figures
9(a)–9(d)). The antibody detects epitopes closely associ-
ated with newly assembled myofibrils. Previous work has
demonstrated that membrane domains are closely associated
with these new myofibrils [28]. Whether or not this truly
represents localization of Nav1.5 to membrane structures
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Figure 4: Co-localization of PKP2 with N-cadherin and desmocollin in newly formed cell-cell contacts. ARCs were immunolabeled with
antibodies to PKP2 (green: a, b, d, e) and pan-cadherin (red: a, c) or desmocollin (red: d, f) on day 5 post plating. There is an extensive
overlap in localization of PKP2 with both N-cadherin and desmocollin. Note that there was a localization of N-cadherin along the lateral
aspects of cellular projections at the cell-contact sites (arrows in (a)–(c)). These may represent filopodial extensions that mature into cell-
adhesion domains. There was also noted to be some regional variation in the relative amounts of PKP2 and desmocollin (arrows in (d)–(f)).
Scale bars are 10 μm.

associated with the myofibril remains to be determined. That
ankyrin-G co-localized with Nav1.5 to these sites suggests
that the immunostaining is specific and may represent
a developmental intermediate as the membrane domains
reorganize in the redifferentiation phase of remodeling.
Later relocalization of Nav1.5 to the ID was demonstrated
by immunostaining at 13 days post plating (Figures 9(e)–
9(g)).

4. Discussion

The de- and redifferentiation of adult rat ventricular
myocytes in primary culture has long been used to examine
the processes guiding the reorganization of cytoskeletal and
contractile structures that occurs during cardiac develop-
ment and during the cellular remodeling that accompanies
adaptation to pathophysiologic conditions [19]. Perhaps no
model system is more ideally suited for characterizing the
stepwise assembly and functional integration of complex
cardiomyocyte structures such as the intercalated disk and
the cardiac myofibril.

Pioneering studies by the laboratories of Werner Franke
[29, 30] and Jutta Schaper [25, 31] have used primary
cultures of neonatal and adult rat cardiac myocytes to make
important contributions to our understanding of ID assem-
bly and organization. The findings presented here build on

this previous work by focusing on the ordered assembly
of the desmosome and on the relationship between the
desmosomal complex and the electrochemical connections
within the disk (Figure 10).

4.1. Relationship of Desmosomes and Adherens Junctions. Tra-
ditionally, the intercalated disk was viewed as the sum of dis-
tinct intercellular contacts that could be readily categorized
as desmosomes, adherens junctions, or gap junctions. More
recent studies however have suggested that interrelationships
of the desmosomes and the adherens junction components
may be more extensive than previously recognized. There is
now strong evidence that, in the mammalian heart, com-
ponents of the desmosome and adherens junction routinely
interact to form composite structures [32], leading to the
coining of the term “area composita” to refer to domains
within the plicate region of the ID disk in which there is an
extensive intermingling of the two types of contacts. These
cross-type connections would be predicted to form a strong
network linking the actin filaments at the terminal ends
of the myofibrils, with the cortical actin and intermediate
filaments of the cellular cytoskeleton. The transmembrane
portions of the connections would extend this network
to the adjoining cells to form a “tissue-skeleton” for the
heart, preserving ventricular architecture in the face of the
hemodynamic demands.
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Figure 5: Localization of plakoglobin and plakophilin-2 in remodeling adult rat cardiac myocytes. ARCs were immunolabeled with
antibodies to plakoglobin (PG) (red: a, b, d, e) and PKP2 (green: a, c, d, f) on day 5 post plating. Note the extensive co-localization of
the two armadillo family proteins to new cell adhesion domains between contacting cells (a)–(c). There was some regional variation in the
relative abundance of the two such that some newly-formed contacts contained predominately plakoglobin ((e): arrow; (e)-inset: asterisks)
or PKP2 ((f) and (f)-inset: arrowheads). Scale bars are 20 μm and the insets in (e) and (f) are a 2 × magnification of a region of cell-cell
contact.

Despite the important relationship between the two cell
adhesion systems, how these interconnections are established
and maintained is still not well understood. Previous
studies have demonstrated the dependence of desmosome
formation on the prior assembly of adherens junctions,
suggesting a hierarchy within the assembly process. Human
keratinocytes treated with antibodies to E- and P-cadherin
are unable to form adherens junctions and have a dramati-
cally reduced number of desmosomes [33]. Overexpression
of a dominant negative cadherin in keratinocytes likewise
impaired desmosome formation [34]. The mediator of this
interaction between the two transmembrane systems may
be plakoglobin, which is capable of interacting with both
desmosomal and classic cadherins.

Our studies would suggest that a similar hierarchy
exists in cardiac myocytes. Yet the extensive overlap in the
localization patterns for the cadherin and armadillo protein
components of both the desmosomes and the adherens
junctions suggests that these processes occur nearly simul-
taneously in the remodeling cardiac myocyte and supports
the previous observation that there is intermingling of the
two types of adhesive contacts early in ID assembly [25]. The
extent to which these contacts are subsequently sorted into
distinct contact types (desmosome versus adherens junction)
has been debated, but studies by the Franke laboratory
suggest that in mammals, as opposed to fish and amphibians

[35], these contacts will ultimately be intermingled within
the area composita of the ID after birth [32].

4.2. Desmosomal Assembly in Newly Formed Cardiomyocyte
Cell-Cell Contacts. The assembly of the elements of the inter-
calated disk would suggest that it progresses in a layered fash-
ion, beginning with the organization of the transmembrane
components and ultimately resulting in the remodeling of
the cellular cytoskeleton. The “outside the cell” to “inside
the cell” progressive organization of the intercalated disk is
reminiscent of focal adhesion formation in that contact of the
cell with extracellular environment (either the surrounding
matrix in the case of the focal adhesion or the neighboring
cells for the IDs) initiates organization of transmembrane
molecules, followed by assembly of the submembrane
complexes and integration with the cellular cytoskeleton.
As with focal adhesions, dynamic cellular processes then
promote “inside-out” remodeling of the transmembrane
complexes leading to the clustering at specific contact sites,
in this case, those that are localized to the termini of the
cardiac myofibrils. Although there are two types of cell-cell
contacts that form between neighboring cardiac myocytes,
desmosomes and adherens junctions, the current study is
in agreement with prior observations [25] that there may
be a mixture of these two types of adhesive contacts. That
PKP2, a desmosomal component, was noted to localize to
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Figure 6: Localization of DP to a subset of adhesive sites. ARCs were immunolabeled with antibodies to desmoplakin (red: a, b) and PKP-2
(green: a, c) on days 5 (a)–(c) and 7 (d)–(f) post plating. The absence of DP from some of the adhesive domains ((a)–(c): arrowheads)
suggests that its localization to the newly forming structures occurs after PKP2. DP and PKP2 do fully co-localize at more mature adhesive
contacts ((d)–(f): arrowheads). Scale bars are 10 μm (a)–(c) and 20 μm (e, f).

contact sites lacking desmocollin, but never to domains
lacking N-cadherin supports this assertion. Although direct
interactions have not been described between PKP2 and
classic cadherins, PG interacts with both classic cadherins
and PKP2 and may promote localization of PKP2 to the
contact site even in the absence of desmosomal cadherins.
The ability of PG to bind to both classic and desmosomal
cadherins and to interact with PKP2 may allow it to promote
interactions of the two types of contacts both early in the
formation of new intercalated disks as noted by Kostin et al.
[25], and within the area composita later in the maturation
of the disk [32].

The recruitment of PKP2 to the new intercalated disk
may be required for the next phase of desmosomal assembly,
namely, the linkage of the transmembrane complex with the
intermediate filaments of the cellular cytoskeleton through
the desmosomal plaque protein, desmoplakin. At the amino
terminus of desmoplakin is a plakin domain that interacts

with desmocollin, desmoglein, PKP2, and PG [36–38]. The
carboxy terminus has an intermediate filament binding
domain that promotes interactions with desmin interme-
diate filaments, vimentin, and cytokeratins [39]. Therefore,
desmoplakin is required for the docking and integration
of the intermediate filament system with the desmosomal
cadherins, either through direct physical interaction or as
part of a complex through interaction with the armadillo
proteins, PG and PKP2. Once established, this connection
physically links the cellular cytoskeleton of one myocyte
with the next through the transmembrane and intercellular
connections of the desmosome. This linkage is critical for
the integrity of the desmosome and for the stability of
the cellular cytoskeleton. Prior studies have demonstrated
that PKP2 scaffolds PKCα, which prepares desmoplakin for
incorporation into the desmosome [22]. Therefore, it is not
surprising that DP only localized to regions of cell contact
that already had recruited PKP2.Whether or not DP would
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Figure 7: Connexin43 localization to cell-cell contact domains follows adhesion complex assembly. ARCs at 5 days post plating were
immunolabeled for Cx43 (green: (a, b); red: (c, d)) and PKP2 (red: (a, b); green: (c, d)). Early in the assembly and organization of cell-cell
contacts in ARCs in primary culture, adhesive sites do not contain appreciable amounts of Cx43 (green: (a, b); red: (c, d)). (a) Connexin43
localization to newly formed adhesive contacts as identified by PKP2 immunostaining. Note the subsarcolemmal accumulation of connexons
at the apices of the interdigitized contacts (arrowheads). (b) High magnification image of newly formed contact with subsarcolemmal
accumulation of connexons prior to insertion into the membrane. (c, d) Low and higher magnification images of subsarcolemmal
accumulation of connexons (arrowheads) prior to their insertion into the membrane. Note the regions of overlap of PKP2 and Cx43
immunolabeling indicating areas of mature gap junctions within the adhesive domains (arrow). Also, note that the Cx43 inserts into the
membrane preferentially at adhesive sites (a, d). Scale bars are 10 μm (a, c) and 5 μm (b, d).

have been able to localize to the ID in the absence of PKP2 or
other elements of the adhesion complex was not examined in
this study.

4.3. Relationship of Adhesive Contacts to Electrochemical
Connections within the ID. As noted above, our findings
regarding the assembly of gap junctions following the
formation of adhesive contacts are consistent with the prior
studies using this model system [25, 30–32]. This is true
both for newly assembled contacts and for more mature
intercalated disk-like structures. Connexin43 was recruited

to new cell contacts after formation of adhesive contacts.
As those contacts remodeled and more mature intercalated
disk-like structures were organized, connexin43 remained
more diffusely localized around the cell periphery before
relocalizing to the new ID.

The factors that recruit gap junctions to and stabilize
them within the ID are of particular interest for understand-
ing the genesis of ventricular arrhythmias. Redistribution
of gap junctions from the intercalated disk to the lateral
sarcolemma is a characteristic feature of a range of myocar-
dial disorders including myocardial ischemia, myocardial
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Figure 8: Ankyrin-G is selectively recruited to membrane domains involved in adhesive contacts. At 5 days post plating, ARCs were
immunolabeled for PKP2 (green: a, b, d, e) and ankyrin-G (red: a, c, d, f). (a)–(c) Ankyrin-G localizes to mature cell adhesion domains
where it co-localizes with PKP2 (see insets). (d)–(f) Ankyrin-G is far less abundant (arrowheads) or not yet detectable (arrow) in immature
or newly-formed adhesive contacts. Scale bars are 20 μm with the insets being 2 ×magnifications of the larger image.
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Figure 9: The α subunit of the voltage-gated sodium channel is incorporated significantly later into the newly-formed intercalated disks.
ARCs at 5 (a)–(d) and 13 (e)–(g) days post plating were immunolabeled for Nav1.5 (red: (a)–(e) and (g)) and PKP2 (green: a, e, f) or α-
actinin (green: (c)). (a, b) At the 5-day timepoint, there is no detectable localization of Nav1.5 even to mature cell adhesion sites (arrowhead).
(c, d) Instead, Nav1.5 appears to be more closely associated with assembling myofibrils (arrowhead). Note the linear arrays of Nav1.5
immunolabeling between α-actinin-labeled myofibrils. (e)–(g) By 13 days post plating, the channel has localized to the new intercalated
disk, significantly after the other components. Scale bars are 10 μm (a)–(d) and 20 μm (e)–(g).
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Figure 10: Progressive maturation of the intercalated disk (a)–
(e). (a) As cardiomyocytes remodel, N-cadherin (Ncad) distributes
diffusely around the cell periphery. (b) When cells contact adjoining
cells, desmocollin (Dsc) proteins of the armadillo family including
plakoglobin (PG) and plakophillin-2 (PKP2) co-localize with
N-cadherin at the cell contact site. (c) The nascent adhesive
contacts recruit desmoplakin (DP) and the associated intermediate
filaments. (d) After assembly of the adhesive plaque, connexin-
43 (Cx43) and ankyrin-G (AnkG), a component of the VGSC,
selectively localize to the adhesive contact site. (e) The α subunit of
the voltage-gated sodium channel Na is incorporated significantly
later into the more mature intercalated disks where they associate
with ankyrin-G. The assembly process begins with the clustering
of transmembrane adhesive contacts, followed by the recruitment
of the plaque proteins and reorganization of the subcortical
cytoskeleton. The process culminates with the recruitment of gap
junctions and components of the VGSC complex (AnkG and
Nav1.5) which are also assembled in a step-wise fashion.

hypertrophy, and hypertrophic and dilated (or congestive)
cardiomyopathy [4, 5]. This process, termed lateralization
of the gap junctions, appears to be dependent upon or at
least associated with changes in the phosphorylation state of
specific residues within the carboxy terminus of connexin43
[40]. While heart failure and ischemic cardiomyopathy is
only associated with an overall reduction in gap junction
content of approximately 50% [41], compared to the 80%
reduction required to see abnormalities of conduction
velocity in animal models [42], regional variation in gap
junction content can result in some regions within the
diseased ventricle with greater than 90% reduction [41].
Direct electrical measurements are still required to properly
assess the impact of this redistribution in the context of
action potential propagation. Yet, we speculate that the
genesis of ventricular arrhythmias in this setting may be due
to the overall reduction and redistribution of gap junctions
from the ID and, even more importantly, to the heterogeneity
of electrical coupling within afflicted regions, thus setting
the stage for generation of reentrant arrhythmias. Therefore,
defining the interactions that affect gap junction localization
to and retention within the ID region will be important
for identifying strategies to limit its redistribution and the
resulting effects this has on impulse propagation and cell
connectivity within the myocardium.

Like the gap junctions, the VGSC ion conducting pore
also appears to be recruited to the ID significantly after

the formation of the adhesive complexes and is specifically
localized to adhesion domains within the region of cell-
cell contact. As noted previously [15], this suggests an
interrelationship between the VGSC and the desmosome.
How ID remodeling during pathophysiologic stress affects
VGSCs has not been well studied. Given the array of cardiac
dysrhythmias and conduction abnormalities that can occur
with SCN5A mutations [43–45], it would be anticipated
that a change in channel distribution or function within
the ID might have a dramatic effect on the propensity
for cardiac arrhythmias. As with the gap junctions, struc-
tural remodeling of the ID may result in redistribution
of Nav1.5 and reduction in conduction velocity. Regional
variation in conduction velocity can, in turn, lead to
abnormal impulse propagation that supports ventricular
arrhythmias.

While previous studies have examined the relationship
of desmosomal and gap junction assembly in redifferen-
tiating cardiac myocytes as noted above, the localization
of Nav1.5 to the ID has not been well described. Nav1.5
is responsible for impulse generation and propagation in
the heart. The complex includes a pore-forming α subunit,
and two different structural and regulatory β subunits. An
essential component of the VGSC complex is ankyrin-G,
a membrane protein that binds both Nav1.5 and β1 and
localizes VGSCs to specific subcellular domains [46–48].
There are nine different VGSC α subunit genes [49], four
of which are expressed in the ventricular myocyte, including
the tetrodotoxin sensitive (TTX-S) channels, Nav1.1, Nav1.3,
and Nav1.6 and the tetrodotoxin-resistant (TTX-R) channel
Nav1.5 [50]. In heart, the TTX-S channels localize with
ankyrin-B to the transverse T-tubule system while TTX-
R Nav1.5 interacts with ankyrin-G and is targeted to the
intercalated disk and to the lateral sarcolemma [26]. The
importance of Nav1.5 to normal cardiac physiology is evident
from the range of severe cardiovascular disorders associated
with alterations in the function or integrity of the Nav1.5
signaling complex as well as the severe phenotype of the
Scn5a null mouse model [51]. Mutations in SCN5A have
been described in patients with Long QT syndrome (LQT3)
[43], Brugada Syndrome (BS) [44], Progressive Familial
Heart Block (PFHB1A), and Dilated Cardiomyopathy with
conduction disorder and arrhythmia (CMD1E) [52]. These
disorders are associated with abnormal impulse propagation
(PFHB1A and CMDE1) and/or severe ventricular arrhyth-
mias and sudden death (LQT3, BS, and CMDE1). The
finding of dilated cardiomyopathy in a subset of patients
may be due to the adhesive properties of β1 and/or β2
subunits [53, 54] and is further evidence of the close rela-
tionship of the structural and electrochemical properties of
the ID.

In this study, we noted that ankyrin-G was selectively
recruited to cell-cell contact domains involved in adhesive
interactions, suggesting that cell adhesion is required for
localization of Nav1.5 to the ID. This targeting concentrates
the channel at specific sarcolemmal domains, most specifi-
cally those domains that are also involved in direct electro-
chemical communication between adjacent cells through co-
localization with gap junctions.
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5. Summary

The current study builds on prior work using the de- and
redifferentiation model of cardiac myocyte remodeling to
examine the ordered assembly and integration of the ele-
ments of the ID. The current study demonstrates that desmo-
plakin and ankyrin-G are specifically recruited to PKP-
containing adhesion plaques in remodeling cardiac myocytes
and that localization of ankyrin-G to new intercalated disks
significantly precedes the recruitment of Nav1.5, the alpha
subunit of the VGSC. These new findings have important
implications for the scaffolding of critical elements of the
cellular cytoskeleton involved in the pathogenesis of disease
processes including ARVD and Nav1.5-dependent disorders
(e.g., Long QT Syndrome type 3 and Brugada Syndrome).
The observed hierarchy for the assembly of the mechanical
and electrochemical components of the disk has important
implications for determining the genesis of ventricular
arrhythmias in these disorders. Through the identification
of mechanisms of arrhythmia generation, it may be possible
to develop novel treatment strategies to prevent serious
ventricular arrhythmias and lower the risk for sudden cardiac
death in patients with ischemic or genetic myocardial disease.
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C. elegans is an excellent model for studying nonmuscle cell focal adhesions and the analogous muscle cell attachment structures. In
the major striated muscle of this nematode, all of the M-lines and the Z-disk analogs (dense bodies) are attached to the muscle cell
membrane and underlying extracellular matrix. Accumulating at these sites are many proteins associated with integrin. We have
found that nematode M-lines contain a set of protein complexes that link integrin-associated proteins to myosin thick filaments.
We have also obtained evidence for intriguing additional functions for these muscle cell attachment proteins.

1. Structure of C. elegans Body Wall Muscle

Sarcomeres, highly ordered assemblages of several hundred
proteins, perform the work of muscle contraction. Despite
ever increasing knowledge of the components of sarcomeres
and their functions, we still do not have a clear picture about
how sarcomeres are assembled and maintained in the face of
muscle contraction. A number of laboratories are studying
the questions of sarcomere assembly and maintenance in
the model genetic organism, C. elegans. In addition to
being an excellent system to carry out mutational analysis
in a whole organism, through both forward and reverse
genetics, this nematode offers several advantages for studying
muscle. These include its optical transparency, which allows
evaluation of myofibrillar structure by polarized light, and
localization of GFP-tagged proteins. In addition, its usual
mode of self-fertilization allows propagation of muscle
mutants that would be unable to mate. In the major striated
muscle of C. elegans which is found in the body wall and used
for locomotion (Figure 1), the myofibrils are restricted to a
narrow ∼1.5 μm zone adjacent to the cell membrane along
the outer side of the muscle cell [1–3]. The thin filaments
are attached to the dense bodies (Z-disk analogs), and the
thick filaments are organized around M-lines. Moreover, all
the dense bodies and M-lines are anchored to the muscle
cell membrane and extracellular matrix (ECM), which is

attached to the hypodermis and cuticle (see Figure 1). This
allows the force of muscle contraction to be transmitted
directly to the cuticle and allows movement of the whole
animal. Thus, worm muscle M-lines and dense bodies serve
the function of analogous structures in vertebrate muscle.
But, in addition, because of their membrane anchorage and
protein composition, they are also similar to focal adhesions
of non-muscle cells and costameres of vertebrate muscle
[4, 5].

2. Discovery of Muscle Attachment
Components through Immunological
and Genetic Approaches

First success in identifying muscle attachment components
came from an immunological approach. Francis and Water-
ston [7, 8] used protein fractions enriched in nematode body
wall muscle components to generate a battery of monoclonal
antibodies and then determined their staining patterns in
nematodes and their western blot reactivities. These mon-
oclonal antibodies recognize several muscle or hypodermis
attachment structures. Using two of these antibodies that
localize to the base of dense bodies to screen an expression
library, C. elegans vinculin, encoded by the deb-1 gene, was
identified [9]. After placing deb-1 on the C. elegans genetic
map, a genetic screen was conducted for loss of function
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Figure 1: The body wall muscle of C. elegans. The color drawing on the right depicts a cross-section through an adult nematode emphasizing
that the body wall muscle is organized into four quadrants. Each quadrant consists of interlocking pairs of mononuclear spindle-shaped cells
(23 or 24 per quadrant). In the enlargement, notice that the myofilament lattice is restricted to one side of the cell, rather than filling the entire
cross-sectional area as in a vertebrate striated muscle cell. Several planes of section are depicted; one of which emphasizes that fundamentally
this is striated muscle with typical A-bands containing thick filaments organized around M-lines, and overlapping thin filaments attached to
the Z-disk analogs called dense bodies. Note the plane parallel to the paper; this is the plane viewed when an animal, lying on a glass slide, is
examined by light microscopy. At the bottom right is a typical image obtained with polarizing optics showing that bright A-bands alternate
with dark I-bands; in the enlargement (right), the cross-sections of the dense bodies can be seen in the I-bands. At the bottom left is a typical
image obtained by immunofluorescence microscopy using an antibody to UNC-95 [6] (enlargement is shown at the top left); notice that
UNC-95 localizes to both rows of dense bodies (arrow) and M-lines (arrowhead). In the large drawing, the plane of section shown on the
left side is a true cross-section through the nematode and through a body wall muscle cell; at the top of the figure is a typical transmission
EM view of two sarcomeres; an arrow marks a dense body and an arrowhead marks an M-line. In the EM, at the bottom is located the thick
cuticle and thin hypodermal cell and basement membrane; the cross-sections of thick filaments in the A-bands and the cross sections of the
thin filaments in the I-bands (surrounding the dense bodies) can be seen. Notice that in the drawing and in the EM, all of the dense bodies
and the M-lines are anchored to the muscle cell membrane. Indeed, the EM reveals that there is electron dense material at the base of each
dense body and M-line that is likely to be responsible for this anchorage. This is in contrast to vertebrate striated muscle in which only the
peripherally-located sarcomeres are anchored to the muscle cell membrane through costameres at the level of the Z-disks and possibly the
M-lines.
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mutations [10]. Two mutants in deb-1 were shown to be
embryonic lethal and displayed the same phenotype that
was first identified for loss of function mutations in the
myo-3 gene [11]. myo-3 encodes one of two myosin heavy
chains, called MHC A, that is expressed in nematode body
wall muscle and is localized to the middle of thick filaments
[12]. Soon after the discovery of the myo-3 phenotype, it was
shown that strong loss of function alleles for the unc-45 gene
display a similar embryonic lethal phenotype [13]. (unc-45
was later shown to encode a highly conserved myosin head
chaperone [14, 15]). The phenotype of loss of function alleles
consistent with a null state for myo-3, unc-45, and deb-1 is
“Pat”, which is an abbreviation for paralyzed and arrested
at two-fold embryonic stage. During normal nematode
embryonic development there are both an expansion of cell
number and morphogenesis in which the initially football-
shaped embryo elongates 4-fold, going through stages that
are named according to length, 1.5-fold, 2-fold, and 3-fold,
before hatching from the eggshell. Pat embryos do not move
in the eggshell at the 1.5-fold stage and arrest development
at the 2-fold stage. Other aspects of development continue
and the embryo hatches as an abnormal L1 larva and dies.
Encouraged by finding the Pat phenotype for myo-3, deb-
1, and unc-45, Williams and Waterston [16] conducted a
genome-wide screen and identified 13 additional genes with
a Pat phenotype, and new alleles of deb-1 and myo-3. From
the precise characterization of the Pat mutant embryos, the
Pat genes were classified into five classes. The other major
phenotypic class of muscle affecting mutant genes is the
“Unc” (uncoordinated) class, which result in slow moving
or paralyzed adult worms [17, 18]. This class includes
about 40 genes. However, the severity of the Pat phenotype
suggests that genes of this class are crucial for the initial
assembly of myofibrils. Interestingly, for a number of genes
(unc-45, unc-52, unc-97, and unc-112), the phenotype of
hypomorphic alleles is Unc, and the phenotype of alleles
consistent with a null state is Pat. Later molecular cloning
of the Pat genes revealed that classes I and II both have
severe defects in myosin and actin organization, and encode
many components of muscle attachment structures: unc-
52 encodes the ECM protein, perlecan [19], pat-3 encodes
β-integrin [20], pat-2 encodes α-integrin (16; B. Williams,
pers. commun.), unc-112 encodes the nematode ortholog
of mammalian Kindlin [21], pat-4 encodes integrin-linked
kinase, ILK [22], and pat-6 encodes the nematode ortholog
of mammalian actopaxin [23]. In addition to these cloned
Pat genes, molecular analysis of unc-97 revealed that unc-
97 encodes the C. elegans ortholog of mammalian PINCH
[24], and the null state for unc-97 is also Pat [25]. All
of the abovementioned pat and unc gene products, except
for unc-45, have been localized to both dense bodies and
M-lines by GFP fusions (original papers cited above), and
also in some cases by specific antibodies [6, 26]. Yeast
two-hybrid assays using cloned fragments fused to yeast
two-hybrid vectors and binding experiments using purified
proteins have demonstrated that these class I and II Pat
gene products interact with each other (see Figure 2). Based
on what is known about its mammalian counterparts, it
is likely that UNC-52 (perlecan) associates with PAT-2

(α-integrin) and PAT-3 (β-integrin) at the outside of muscle
cells. Inside the muscle cell, it has been demonstrated that
the cytoplasmic tail of the PAT-3 associates with a four-
protein complex consisting of UNC-112 (Kindlin)/PAT-4
(ILK)/UNC-97 (PINCH)/PAT-6 (actopaxin) (22, 23, 25; H.
Qadota, D. G. Moerman, G. M. Benian, submitted). As
indicated in Figure 2, UNC-52 (perlecan), integrins (PAT-
2/PAT-3), and the four-protein complex are found at the
base of both M-lines and dense bodies. At the dense bodies,
there are additional dense body-specific proteins such as
DEB-1 (vinculin) [9], ATN-1 (α-actinin) [27], UIG-1 (Cdc42
GEF) [28], ALP-1 (ALP/Enigma) [29], DYC-1 [30], and
ELP-1 (EMAP-like protein) [31]. The only known nematode
M-line-specific protein is UNC-89 (obscurin) [32, 33]; as
mentioned below, UNC-98 and UNC-96 are most prominent
at M-lines. In this review, we will focus on the M-line and
its molecular components. For the structure and molecular
components of dense bodies see the recent review by
Lecroisey et al. [34].

3. UNC-98, UNC-96, and UNC-95

Our interest in the molecular mechanisms by which sarcom-
eres are attached to the muscle cell membrane at the M-line
began with our molecular cloning of two muscle Unc genes,
unc-98 and unc-96, that have similar mutant phenotypes.
These two genes were first identified by Zengel and Epstein
[18] from their genetic screen for mutants that are defective
in muscle function and structure, which involved mutagene-
sis followed by enrichment for mutants with slow motility,
and then examination of myofilament lattice structure by
polarized light microscopy. unc-98 and unc-96 mutants
are slower moving than wild type, and by polarized light
microscopy display a moderately disorganized myofilament
lattice and birefringent “needle-like” structures at the ends
of their body wall muscle cells. These “needles” correspond
to accumulations of proteins that contain paramyosin, but
not actin, myosin, UNC-89, or α-actinin [35–37]. By elec-
tron microscopy, both unc-98 and unc-96 mutants display
indistinct A and I bands, and short and irregularly shaped
dense bodies, and short or even absent M-lines. unc-98
encodes a 310 residue polypeptide containing 4 C2H2 Zn
finger domains and several predicted nuclear localization and
nuclear export signal sequences [35]. Antibodies to UNC-98
localize to M-lines. However, in transgenic animals, UNC-
98::GFP localizes to M-lines, dense bodies, and muscle cell
nuclei. In addition, unc-98 mutant animals, when rescued
with a wild-type copy of the gene, show localization of anti-
UNC-98 antibodies to M-lines, dense, bodies and nuclei.
Our interpretation is that UNC-98 is mainly localized to M-
lines, but also exists normally at low levels at dense bodies
and nuclei, but below the level of detection by antibody
staining. Deletion derivatives of UNC-98::GFP in transgenic
worms demonstrates that the N-terminal 110 residues of
UNC-98 are necessary and sufficient for nuclear localization,
and that all four Zn fingers are sufficient for localization to
M-lines and dense bodies. Using an UNC-98 bait to screen a
collection of 2-hybrid clones representing 16 known M-line
and dense body proteins, interaction with UNC-97 (PINCH)
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Figure 2: A protein interaction matrix for M-lines in C. elegans striated muscle. The myofilament lattice is located close to the surface and
anchored by M-lines and dense bodies to the muscle cell membrane. At these attachment structures, UNC-52 (perlecan) is located in the
ECM, and by homology is likely to interact with an integrin αβ heterodimer (PAT-2 and PAT-3). Inside the muscle cell, the cytoplasmic
tail of PAT-3 (β integrin) is associated with a complex of four conserved proteins [UNC-112 (Kindlin), PAT-4 (ILK), PAT-6 (actopaxin),
UNC-97 (PINCH)]. UNC-95 is also found at both M-lines and dense bodies. At M-lines, specific proteins link UNC-97 (PINCH) to myosin
heavy chains (MHC A). These are UNC-98, LIM-9 (FHL) and UNC-96, LIM-8, and UNC-95 and LIM-8. UNC-98, UNC-96 and LIM-8
have all been shown to interact with portions of the rod domain of MHC A. LIM-9 links to the giant protein UNC-89 (obscurin) and to
the phosphatase SCPL-1 (SCP). Additionally, UNC-98 and UNC-96 interact with UNC-15 (paramyosin) and to CSN-5 (COP9 signalosome
component), but these interactions occur outside the M-line. The box on the right indicates that there are four more proteins that have been
reported to reside at the M-line (Ce Talin, HSP25, ZYX-1 (zyxin), and UNC-82 (ARK5/SNARK)), but these have not yet been connected
with components of the interaction matrix. Lines indicate interactions that were identified by 2-hybrid screens and later shown to occur with
purified proteins in vitro. All proteins indicated have been localized to M-lines by specific antibodies and/or GFP fusions. References for all
the interactions have been cited in the text except for the LIM-8/UNC-95 interaction (A. Simionescu, H. Qadota, and G. Benian, unpub.
data).

was revealed, thus showing a connection to the conserved
four-protein complex associated with integrin. The UNC-
98/UNC-97 interaction was confirmed by in vitro binding
using purified proteins. Moreover, binding requires the first
two LIM domains of the 5 LIM domain protein UNC-97, and
all 4 C2H2 Zn fingers of UNC-98.

We later showed that unc-96 encodes 408 and 418 residue
polypeptides by alternative splicing, and these proteins
lack recognizable domains [36]. Nonetheless, UNC-96 may
consist of two domains separated by a flexible loop or
linker [37]. Antibodies to UNC-96 localize the protein to
muscle M-lines, although UNC-96::GFP localizes to both
M-lines and dense bodies and not to nuclei [36]. A role
for UNC-96 in embryonic muscle development is uncertain:
although UNC-96 is detectable by the 1.5-fold stage, its

expression decreases with time and by the 3-fold stage is
nearly undetectable. The strongest mutant allele of unc-96,
sf18, is not Pat embryonic lethal, and yet is presumably a null
mutant, as it is a nonsense mutation, and no protein can be
detected by western blot. Intriguingly, either a decreased (by
loss of function mutation) or an increased level (by a heat-
shock promoter in adult muscle) of UNC-96 results in dis-
organization of thick filaments [6]. Thus, the level of UNC-
96 must be precisely controlled in order to obtain proper
organization of thick filaments. By both genetic and bio-
chemical criteria, UNC-98 and UNC-96 interact with each
other. Although unc-98; unc-96 double mutants do not show
an enhanced or suppressed phenotype, when either UNC-
98 is overexpressed in an unc-96 mutant background, or
UNC-96 is overexpressed in an unc-98 mutant background
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there is enhancement; by polarized light microscopy, there
is a greater degree of myofibril disorganization and larger
and brighter needles. Moreover, protein accumulations at the
ends of the muscle cells contain UNC-98 protein in unc-96
mutants, and contain UNC-96 protein in unc-98 mutants.
UNC-96 was shown to interact with UNC-98 by both a
yeast 2-hybrid assay and a far Western assay using purified
proteins. This interaction requires the C-terminal half of
UNC-96 and the C-terminal three C2H2 domain of UNC-98.
Although obvious homologs of either UNC-98 or UNC-96
cannot be found in vertebrate proteomes, it is possible that
structural or functional homologs do exist.

unc-95 was also first isolated from the genetic screen
reported by Zengel and Epstein [18], and then molecularly
cloned by Broday and colleagues [38]. unc-95 mutants
are slow moving and have disorganized muscle structure.
Immunostaining with various antibodies shows that thick
and thin filaments and dense bodies are disorganized
[38]. Myofibrillar disorganization is also obvious by EM;
moreover, dense bodies are short and irregular and M-lines
are missing. unc-95 encodes a 350-residue polypeptide with
a single LIM domain near its C-terminus, and a region
predicted to have coiled-coil structure and a predicted NLS
sequence [38]. Although the UNC-95 LIM domain was
reported to be most homologous to LIM domains in fly
and vertebrate paxillin [38], more recently, a true ortholog
of vertebrate paxillin has been found in C. elegans, PXL-
1 (A. Warner and D. G. Moerman, pers. commun.). An
UNC-95::GFP translational fusion localizes to M-lines, dense
bodies, muscle cell-cell boundaries, and nuclei in adult body
wall muscle [38]. UNC-95::GFP is clearly also expressed in
embryonic muscle, and by the 3-fold stage is localized to
muscle attachment sites and nuclei. Antibodies that we later
developed to UNC-95 clearly label the M-lines, dense bodies,
and cell-cell boundaries, but not nuclei in adult body wall
muscle [6].

4. Multiple Protein Complexes Link
Integrin to Myosin in Thick Filaments at
Nematode M-Lines

During the past 7 years, we have discovered proteins that
interact with UNC-97 (PINCH) at nematode M-lines. The
first of these was the M-line protein UNC-98 [35], as
mentioned above: the first two of the five total LIM domains
of UNC-97 interact with the 4 C2H2 Zn fingers of UNC-
98. In Miller et al. [26] we showed that the N-terminal 110
residues of UNC-98 interact with the C-terminal portion of
a myosin heavy chain, MHC A, which resides in the middle
of thick filaments in the proximity of M-lines. A combination
of genetic, cell biologic and biochemical evidence supports a
model in which UNC-98 links integrin-associated proteins
to myosin in thick filaments at M-lines. Although vertebrate
costameres are usually regarded to reside at the level of Z-
disks, some components of focal adhesions, including αv
integrin, have also been found at M-lines [39]. Thus, our
results for C. elegans muscle suggest the possibility of a
similar mechanism of linkage between integrins and myosin

thick filaments at the M-lines of peripheral myofibrils of
vertebrate muscle.

In Qadota et al. [6] we demonstrated additional mecha-
nisms by which this linkage from muscle cell membrane to
myosin occurs. To identify additional proteins that interact
with UNC-97, we screened a collection of known and
candidate components of M-lines and/or dense bodies,
UNC-112 interactors, and UIG-1 interactors, by the 2-
hybrid method. Three new UNC-97 (PINCH) interactors
were identified: LIM-8, LIM-9, and UNC-95. It was shown
that these proteins are involved in three additional mech-
anisms by which linkage from UNC-97 to myosin occurs:
from UNC-97 through LIM-8 to myosin, or from UNC-
97 through LIM-9/UNC-96 to myosin, or from UNC-97
through UNC-95/LIM-8 to myosin. LIM-8 is a novel LIM
domain-containing protein. LIM-9 is the nematode homolog
of mammalian FHL (four-and-a-half LIM domain protein).
All three new UNC-97 interactors contain LIM domains that
are required for binding. Among the three interactors, LIM-
8 and LIM-9 also bind to UNC-96. UNC-96 and LIM-8 also
bind to the C-terminal portion of MHC A (to a slightly
different portion of MHC A that binds to UNC-98). All
interactions were first identified by yeast 2-hybrid and then
confirmed by in vitro binding assays using purified proteins.
All three novel UNC-97 interactors are expressed in body
wall muscle and by antibodies localize at least partially to M-
lines. LIM-8 and LIM-9 localize also to I-bands, around and
between dense bodies.

Like UNC-98 and UNC-96, UNC-89 (mammalian
homolog is called “obscurin” [40–42]) is also an M-line
protein in C. elegans muscle. UNC-89 is a giant (up to
900 kDa) multidomain protein consisting primarily of Ig
domains, SH3, DH and PH domains, and two protein kinase
domains. We have shown recently that a portion of UNC-89
(containing the kinase domains) interacts with a member of
the UNC-98/UNC-96 complex, namely, LIM-9 (FHL) [43].
Moreover, LIM-9 also interacts with an additional M-line
protein that was first identified as an UNC-89 interactor,
namely, SCPL-1, a CTD-type protein phosphatase [44]. This
class of phosphatases was known to be involved in the regu-
lation of transcription either through dephosphorylation of
the C-terminal domain (CTD) of the largest subunit of RNA
polymerase II, or in dephosphorylating Smad transcription
factors. However, our results implicate new functions for this
class of protein phosphatases, namely, in the assembly or
maintenance of the M-line, and/or giant kinase signaling. We
can now incorporate the majority of the known C. elegans M-
line proteins into an M-line protein interaction matrix; the
interactions were first identified through 2-hybrid analysis
and later confirmed by both in vitro binding using purified
proteins and immunolocalization to M-lines (Figure 2).

5. Additional Functions for M-Line
Attachment Proteins

In addition to a structural and signaling role for UNC-
96 and UNC-98 at the M-line, we have shown that these
proteins interact with paramyosin to promote paramyosin’s
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incorporation into thick filaments [36, 37]. Paramyosin
is an invertebrate-specific protein that is primarily an α-
helical coiled-coil rod and is ∼40% identical in amino acid
sequence to the rod domains of myosin heavy chains. In
C. elegans body wall muscle, the myosins and a portion of
paramyosin are organized around a tubular core consisting
of paramyosin and filagenins in a specific geometry [45–
47]. The birefringent needles in unc-96 and unc-98 mutants
contain paramyosin located outside the thick filaments.
By genetic and biochemical criteria, paramyosin interacts
with UNC-98 and UNC-96. By both yeast 2-hybrid analysis
and ELISAs using purified proteins, UNC-98 interacts with
paramyosin residues 31-693, whereas UNC-96 interacts with
a separate region of paramyosin, residues 699-798. Although
UNC-98 and UNC-96 affect, at least partially, the localiza-
tion of paramyosin (some in accumulations, some in its
normal A-band location), they do not affect the total level of
paramyosin: paramyosin levels do not change in either unc-
96 or unc-98 loss of function mutants. Nevertheless, the state
of paramyosin does affect the localization and total amount
of UNC-98 and possibly UNC-96: UNC-98 and UNC-96
colocalize with paramyosin aggregates of unc-15 missense
mutants, and when paramyosin is undetectable (unc-15
nonsense mutant), UNC-98 and UNC-96 are diffusely
localized. Indeed, by quantitative immunoblot, the levels of
UNC-98 follow the paramyosin state: when paramyosin is
undetectable (in the unc-15 nonsense mutant e1214), the
level of UNC-98 is diminished, and in paramyosin missense
mutants (e1215 and e73, which form paramyosin aggregates),
the level of UNC-98 is increased. The dependence of UNC-
98, and possibly UNC-96, levels on the state of paramyosin
might be due to a chaperone function for UNC-98 and UNC-
96 to prevent aggregation of paramyosin. An additional
piece of data supports the idea that UNC-96 could act as a
chaperone for paramyosin: both unc-96 mutant alleles are
suppressed at lower temperature; that is, when grown at
15◦C, rather than the usual 20◦C, the paramyosin “needles”
(containing aggregated paramyosin) are not seen. One unc-
96 mutant allele is a stop codon, the other is a splicing site
mutation, types of mutations not usually associated with
temperature sensitivity. Alternative possibilities are that (1)
the formation of paramyosin paracrystals is temperature
dependent, and thus reduced at cold temperatures, and/or
(2) the competing formation of proper thick filaments is
enhanced at lower temperatures. However, the temperature
effect seems to be specific to unc-96: neither unc-98 nor unc-
15 is suppressed at lower temperature [36]. Therefore, these
alternative possibilities do not seem to be supported. Perhaps
the lower temperature might even reduce the rate of thick
filament assembly or turnover so that the UNC-96 chaperone
is no longer required to prevent aggregation.

Most recently, we have demonstrated that both UNC-
98 and UNC-96 interact with CSN-5 [48]. Interactions
were identified by a yeast 2-hybrid screen and confirmed
by biochemical methods. CSN-5 is a member of the highly
conserved “COP9 signalosome complex” which has been
found in multiple organisms to regulate protein stability,
usually through SCF ubiquitin ligases [49, 50]. Anti-CSN-
5 antibody colocalizes with paramyosin at A-bands in wild

type, and co-localizes with abnormal accumulations of
paramyosin found in unc-98, unc-96, and unc-15 mutants.
Knockdown of csn-5 results in an increase in the level
of UNC-98 protein and a slight reduction in the level of
UNC-96 protein, suggesting that normally CSN-5 promotes
the degradation of UNC-98 and that CSN-5 stabilizes
UNC-96. In unc-15 and unc-96 mutants, CSN-5 protein
is reduced, implying the existence of feedback regulation
from myofibril proteins to CSN-5 protein levels. This is the
first report to implicate CSN-5 or the COP9 signalosome
in myofibrillar organization or function. Nevertheless, the
report is consistent with the growing recognition that the
ubiquitin proteasome system is required for muscle protein
turnover in vertebrate muscle, and mediated by the muscle-
specific ubiquitin ligase Atrogin-1, and the MuRF family
(Muscle-specific RING Finger proteins) [51, 52]. Indeed,
for C. elegans muscle, the RING finger protein, RNF-5 is
localized to dense bodies and regulates the levels of UNC-
95 [38]: RNF-5 and UNC-95 interact by yeast 2-hybrid [53];
heat shock induced overexpression of RNF-5 results in a
reduction in UNC-95::GFP, and this reduction depends on
the presence of an active RING finger domain in RNF-5; in
contrast, RNAi knockdown of rnf-5 results in an increase in
UNC-95::GFP [38].

6. Nuclear Function for Muscle Focal
Adhesion Proteins?

In recent years, there has been growing recognition that in
mammalian striated muscle, a number of Z-disk and M-line
proteins translocate to the nucleus in response to mechanical
stimuli or extracellular signals, and once inside the nucleus,
influence gene transcription [54, 55]. A similar situation
appears to exist for nematode muscle, but at this time,
the mechanisms of nuclear translocation and the functional
significance of M-line and dense body proteins in the nucleus
are less understood than they are for mammalian muscle.
But given the power of worm genetics and its advantages
for imaging live muscle cells, this area holds much promise
for future insights. Here is what we know for proteins
that are at least partly localized to M-lines: In transgenic
worms, translational GFP fusions of full-length UNC-97
[24], UNC-98 [35], UNC-95 [38], and ZYX-1 (zyxin) [30]
show localization to M-lines, dense bodies, and nuclei.
However, antibodies that we have developed to UNC-98
[35], to UNC-97 [26], and to UNC-95 [6], when used in
immunofluorescent experiments, failed to localize to nuclei
under normal conditions. There are no reports of antibodies
having been generated or localized for ZYX-1. Nevertheless,
anti-UNC-98 reacted to nuclei, when a nonstandard fixation
method was used on wild-type nematodes, or when UNC-98
was overexpressed [35]. Additional support that endogenous
UNC-98 and UNC-97 reside in nuclei was obtained during
our purification of native thick filaments reported in Miller
et al. [26]: nuclear-enriched fractions from wild-type worms
contain western blot detectable UNC-98 and UNC-97. In
the 2-hybrid system, when either UNC-98 [35] or UNC-97
(H. Qadota, K. Norman, and D. Moerman, unpub. data) is
fused to the GAL4 DNA-binding domain, they can activate
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transcription, suggesting that UNC-98 and UNC-97 may
activate transcription in vivo. By testing deletion derivatives
of UNC-98::GFP, we have shown that the N-terminal 110
residues of UNC-98 are sufficient for nuclear localization
[35]. A similar approach by Norman et al. [25] indicates
that LIM2 and LIM3 are required for nuclear localization of
UNC-97 (PINCH).

In addition to nuclear localization of proteins that are
localized to M-lines and dense bodies, nuclear localization
has also been found for the dense-body-specific protein ALP-
1 [29]. The alp-1 gene encodes 4 different isoforms; one is
ALP-like (ALP-1A), and three are Enigma-like (ALP-1B, -
1C, -1D). Use of GFP translational fusions demonstrates a
complex pattern of expression of these proteins in embryos
and adults, and localization to muscle cell dense bodies,
and nuclei of muscle and hypodermal (epithelial) cells. In
fact, ALP-1 is one of the few muscle focal adhesion proteins
showing strong localization to embryonic muscle (ALP-1A)
and hypodermal cell (ALP-1B,C,D) nuclei.

7. Future Directions

Three additional proteins have been localized at both M-lines
and dense bodies; these are ZYX-1 (zyxin) [30] (as noted
above), HSP25 [56], and Ce Talin [57]. However, the mutant
or RNAi phenotypes and molecular interactions of these
proteins have not yet been reported. Although ZYX-1 has
been demonstrated to interact with the dense-body-specific
protein DYC-1 [30], its interactions with proteins at the M-
line have not been determined. The most recently discovered
M-line component is UNC-82, a 1600-residue polypeptide
with a serine/threonine kinase domain (orthologous to
human ARK5 or SNARK) near its N-terminus [58]. It
is required for maintaining proper organization of thick
filaments and the M-line during growth of muscle cells.
It will be interesting to determine how UNC-82, HSP25,
Ce Talin, and ZYX-1 fit into the growing M-line protein
interaction matrix (Figure 2).

So far, there are no reports on the molecular cloning
of one muscle Unc gene, unc-100, and 3 Pat genes (pat-
9, pat-11, and pat-12). It will be interesting to learn the
molecular nature of the encoded proteins for these genes, and
whether the proteins are localized to M-line, dense bodies,
or both. Additionally, we will also be able to determine
with which existing proteins of the M-line and dense body
interacting network these proteins interact. As mentioned
above, we have found that two M-line proteins, LIM-9 and
SCPL-1, interact with the C-terminal portion of the giant
protein UNC-89 (obscurin). Efforts are underway to search
for additional binding partners for this giant, and this is
likely to identify new M-line proteins. Finally, it will be
interesting to determine how many of the 108 new genes
identified by Meissner et al. [59] encode proteins localized
to M-lines and/or dense bodies. It will then be interesting
to determine how they interact with previously described
and new components of these structures, to obtain a more
complete picture of sarcomere assembly.

Intragenic deletions (consistent with a null state) of the
genes encoding many of the proteins that have been iden-

tified recently as components of M-lines and dense bodies
have either weak defects or no obvious defects in myofibril
assembly or motility (e.g., UIG-1, ATN-1, LIM-9, LIM-8,
SCPL-1, ZYX-1). One explanation is that these proteins
have noncrucial functions, or are redundant. Redundancy
would be a reasonable explanation if such proteins were
members of closely-related multigene families (e.g., the actin
gene family). However, this does not appear to be the case.
Another possibility is that our ability to discern a phenotype
depends on the assay employed. Indeed, we can hypothesize
that under the usual laboratory growth conditions and
motility assays worm muscle operates far below its maximal
capacity. Therefore, assays for motility usually employed may
not be sufficient to reveal the requirement of many of these
individual components. Perhaps more sophisticated assays,
in which, for example, worms are required to “work harder”
will reveal phenotypes. Indeed, we would expect that M-
line and dense body components should function in the
transmission of force from the thick and thin filaments
through the muscle cell membrane, ECM, and ultimately to
the cuticle.
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Correspondence should be addressed to Adelino F. Leite-Moreira, amoreira@med.up.pt

Received 1 November 2009; Revised 15 February 2010; Accepted 21 March 2010

Academic Editor: Henk L. M. Granzier

Copyright © 2010 J. Ferreira-Martins and A. F. Leite-Moreira. This is an open access article distributed under the Creative
Commons Attribution License, which permits unrestricted use, distribution, and reproduction in any medium, provided the
original work is properly cited.

Although systole was for long considered the core of cardiac function, hemodynamic performance is evenly dependent
on appropriate systolic and diastolic functions. The recognition that isolated diastolic dysfunction is the major culprit for
approximately fifty percent of all heart failure cases imposes a deeper understanding of its underlying mechanisms so that better
diagnostic and therapeutic strategies can be designed. Risk factors leading to diastolic dysfunction affect myocardial relaxation
and/or its material properties by disrupting the homeostasis of cardiomyocytes as well as their relation with surrounding matrix
and vascular structures. As a consequence, slower ventricular relaxation and higher myocardial stiffness may result in higher
ventricular filling pressures and in the risk of hemodynamic decompensation. Thus, determining the mechanisms of diastolic
function and their implications in the pathophysiology of heart failure with normal ejection fraction has become a prominent
field in basic and clinical research.

1. Introduction

From the earliest stages of an individual’s life, the heart
has the challenging mission to uninterruptedly transfer its
kinetic energy to the blood. This task is accomplished
by means of its intrinsic mechanical activity, which can
be considered as being composed of two continuous and
interdependent functions: systole and diastole. Being a living
structure with biomechanical sensing features [1] the heart is
a paradigmatic organ of continuous mechanical adaptation
[2]. In this way, it is able to adapt its intrinsic mechanical
properties when different loads and neurohumoral condi-
tions are imposed so that new mechanical and biological
steady states may be eventually achieved [1, 3, 4]. However,
permanent pathologic stimuli make this equilibrium at best,
short-termed, imposing an imbalance towards a progressive
impairment of cardiac function and inexorably leading to a
dysfunctional phenotype. This process consists of both intra-
and extracellular remodeling, with deleterious consequences
at structural, molecular, and functional levels.

Despite the knowledge that the heart spends almost
two-thirds of its time in diastole (relaxing and filling), its

contractile activity was for a long time considered the core of
its mechanical function and over which major concerns had
been focused. Indeed, it was not until the nineteen eighties
that the scientific community began to realize the clinical sig-
nificance of diastolic dysfunction among patients with signs
and symptoms of heart failure (HF) but in whom ejection
fraction was rather preserved. The recognition of the latter
condition as “heart failure with normal ejection fraction”
(HFNEF) impelled major efforts in order to identify the
pathophysiological mechanisms underlying this emerging
concept. Female gender, older age, arterial hypertension,
diabetes, obesity, and left ventricular (LV) hypertrophy are
currently well-established risk factors [5–21], showing a
strong association with impaired diastolic function with
a concomitant normal or only mildly abnormal systolic
function. However, and according to the Heart Failure
and Echocardiography Associations of the European Society
of Cardiology, these patients are only classified as having
HFNEF if they develop signs or symptoms of HF along with
the objective recognition of normal systolic LV function and
of diastolic LV dysfunction [22]. Deserving special relief is
the fact that the therapeutic management of HFNEF is still
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relying on an empirical framework and is not translating
into any survival improvement in this particular group of
patients. However, it is currently not clear whether these
neutral outcomes are due to specific mechanisms in the
pathophysiology of HFNEF and/or to the nonadherence of
clinical trials to the existing diagnostic guidelines of HFNEF.
The latter has been recently shown to be responsible for
a high variability among the recruited patients in HFNEF
trials and therefore in their reported final results [23, 24].
Importantly, a deeper understanding of the mechanisms
leading to the development of HFNEF as well as a systematic
compliance of the clinical trials to the current guidelines is
seriously warranted, setting the necessary conditions for an
efficient cross-talk between clinical and basic research.

2. Risk Factors, Diastolic Function, and HFNEF

It has been documented that LV structure and function differ
between HFNEF and HFREF [25], which may depend on the
relative impact that associated clinical conditions have on the
development of a particular cardiac phenotype or disease.
Regarding HFNEF, female gender seems to be a major risk
factor for its development [16–20], not only by being more
frequently associated with other risk factors (e.g., arterial
hypertension) but also by rendering the postmenopausal
heart more susceptible to the remodeling features associated
with slower relaxation and lower ventricular compliance.
Even if the first studies indicating a higher risk in females
[17, 26] have missed an objective evaluation of diastolic
dysfunction among the diagnosed cases, the conclusion that
such a trend may actually exist got early support from
clinical cardiologists. Indeed, recent epidemiological data
from the Framingham Heart Study [27] showed that within
the HF population studied (median age of HF onset of
78 years old), individuals with HFNEF were more likely to
be women (65% women versus 35% men), with an age-
adjusted odds ratio of 2.55 when compared to men. Arterial
hypertension or valvular heart disease also duplicated the
risk of developing HFNEF and both risk factors were more
frequent in women as well. Although this study showed that
survival was similar between genders and independent from
left ventricular ejection fraction (LVEF), results from the
CHARM program [28] indicated that women had a better
survival than men, even after adjustment for cause of heart
failure, LVEF, and age.

All these cumulative epidemiological data supporting
gender specificities in the risk of diastolic dysfunction and
HFNEF impelled basic research to study the mechanisms
underlying such differences, whose knowledge may con-
tribute to design more specific therapeutic targets and
guidelines for HF in general and HFNEF in particular. In
this regard, 17β-estradiol is a distinctive feature between
genders and has been shown to be an important modu-
lator of myocardial relaxation and passive properties [16].
Considering cardiomyocyte Ca2+-handling and relaxation,
17β-estradiol modulates the expression and activity of L-
type Ca2+ channels [29], the phosphorylation levels of
PLB [30], myofilaments Ca2+ sensitivity [31] and protects

single cardiomyocytes against Ca2+ loading induced by
hypoxia [32]. Important mediators of 17β-estradiol within
the cardiovascular system and with recognized benefits on
diastolic function are nitric oxide (NO) and endogenous
brain natriuretic peptide (BNP) whose levels are also higher
in females than in males [16]. By promoting the actions of
these neurohumoral agents, estrogens may increase the speed
of relaxation and ventricular compliance, improving overall
diastolic function. Beyond these acute and indirect effects,
estrogens also modify myocardial material properties by
reducing cardiac fibroblast proliferation, collagen turnover
and pressure overload-induced cardiomyocyte hypertrophy
[33, 34]. Therefore, it seems reasonable to speculate that
the loss of these beneficial effects after menopause may
render the female heart especially vulnerable to diastolic
dysfunction. Of special remark, the absence of the long-term
protective influences of estrogens confers a higher suscepti-
bility of the female heart to the risk factors commonly leading
to HFNEF, such as obesity, hypertension, and diabetes [35,
36]. Actually, comparing individuals from both genders with
similar degrees of arterial hypertension or aortic stenosis,
women develop more often concentric cardiac remodeling
while males develop more often eccentric remodeling [35].
As concentric hypertrophy leads to increased wall thickness
and possibly smaller chambers, the resulting ventricular
geometry leads to earlier partial chamber filling, with
increases in operating stiffness [16]. The synergic effects
of obesity and hypertension to the development of left
ventricular hypertrophy are much stronger in women than
in men as is greater the effect of diabetes to the development
of congestive HF in the female gender [37].

Independently or in association, all these risk factors
may cause structural and functional changes at the organ,
cellular and molecular levels of the heart, leading to a slower
relaxation and/or increased chamber stiffness. A detailed dis-
cussion on these determinants of diastolic function follows.

3. Diastolic Properties of the Cardiac
Muscle—A Composite Material

Cardiac muscle tissue is a composite material consisting of
cardiomyocytes, fibroblasts, blood vessels, and extracellular
matrix (ECM). Therefore, it is reasonable to postulate that
changes in any of the elements within the myocardium
may affect its material properties [38] and, consequently,
its mechanical function. Both cellular and matrix structures
contribute to myocardial physical properties, based on their
intrinsic mechanical features, spatial and functional relations
with the surrounding structures and tissue geometry, which
finally ensues in the adult heart. Thus, when considering
heart biomechanical properties, we have to conceptually
integrate not only the single contribution of the various car-
diac muscle tissue elements but also the complex interactions
among them as well as their ability to modify their intrinsic
mechanics under different pathophysiological conditions.

Considering the dynamic nature of diastole, it is not
surprising that myocardial material properties are a central
determinant of diastolic function and dysfunction. Generally
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Table 1: Determinants of diastolic function and myocardial stiffness.

Determinants of diastolic function

Myocardial relaxation

Load

Inactivation (calcium homeostasis, myofilaments, energetics)

Nonuniformity

Passive properties of ventricular wall

Myocardial stiffness

Wall thickness

Chamber geometry

Other determinants

Structures surrounding the ventricle (pericardium, lungs, remaining, cardiac chambers)

Left atrium, pulmonary veins and mitral valve

Heart rate

Determinants of myocardial stiffness

Cardiomyocytes

Ca2+ homeostasis

Diastolic calcium concentration: residual cross-bridges

Cytoskeleton

Microtubules (tubulin) and intermediate filaments (desmin): density and cellular stiffness

Myofilaments: actin and myosin (residual cross-bridges)

Titin: isoforms expression ratio; isoforms’ phosphorylation status

Extracellular matrix

Collagen: content, type, alignment, spatial distribution, cross-linking

Proteoglycans: putative role in interstitial water flow and content within the myocardium

Elastin: putative decrease in elastin/collagen ratio with increased myocardial stiffness

defined as the ability of the ventricle to relax and fill [39],
diastolic function depends on active myocardial relaxation
and on passive properties. While relaxation is the process
whereby the myocardium returns to an unstressed length
and force, passive properties mostly influence the extent
of muscle relength and end-diastolic pressure-volume rela-
tionship (EDPVR). Although active myocardial relaxation is
responsible for its motion and blood flow, it is only through
the perfect match of both active and passive properties
that overall diastolic function is preserved. For conceptual
purposes, myocardial passive properties are considered as
such because they are assessed after complete muscle relax-
ation, that is, a mostly energy-consuming and, hence, active
process. However, a growing body of evidence clearly shows
that myocardial passive properties might as well be actively
modulated and depend on cardiac high-energy phosphate
metabolism.

The contribution of both active and passive properties to
diastolic dysfunction and to the clinical syndrome of HFNEF
will be discussed in the next sections.

3.1. Relaxation and Its Physiological Modulators. In the
normal heart, myocardial relaxation comprises the major
part of ventricular ejection, pressure fall and the initial part
of rapid filling [39–42].

At the cellular level, the central players of the relaxation
process are the cardiomyocytes, whose homeostatic balance

is a major determinant in the maintenance of an appropriate
relaxation speed. In this way, any process interfering with
cardiomyocyte physiology may delay relaxation long enough
and significantly impair LV diastolic filling, especially at
faster heart rates.

Conceptually, the determinants of ventricular relaxation
(either by disturbing diastolic cardiomyocyte performance
or by disrupting the synchrony of their actions) are load,
inactivation, and nonuniformity (Table 1) [39].

3.1.1. Load. The effects of load depend on its type (preload
versus afterload), magnitude, duration, and timing in the
cardiac cycle at which it occurs [40]. For instance, severe or
late systolic afterload elevations are particularly effective in
delaying relaxation rate, even in healthy hearts [43].

In the clinical setting, marked arterial hypertension is
a paradigmatic example of severe afterload imposition on
the left ventricle and is a major risk factor for myocardial
hypertrophy and failure. As relaxation in failing hearts
is especially vulnerable to load, increases in afterload
may significantly delay relaxation and result in pulmonary
congestion in HF patients [44]. Taking into account that
neurohumoral activation takes place both in HFNEF and
HFREF, the failing heart in HFNEF is not only faced with
a higher afterload (increased peripheral vascular resistance)
but also with a higher preload (volume retention), further
increasing the odds of hemodynamic decompensation [45].
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Even if the underlying mechanisms are still unclear, changes
in the activity of Ca2+-handling proteins and myofilaments’
sensitivity to this ion (e.g., troponin I) are the most likely
effectors of the observed slower relaxation upon changes in
load [46–49].

3.1.2. Inactivation. Deserving special relief, inactivation
refers to the process underlying Ca2+ extrusion from the
cytosol and cross-bridge detachment. As abovementioned,
its importance stems from the fact that disturbances in
this process may represent the ultimate effectors of several
pathophysiological conditions leading to impaired relax-
ation, including load [49].

In the healthy human heart, the pathways involved in
Ca2+ extrusion from the cytosol are the phospholambam-
modulated uptake of this ion by the sarcoplasmic reticulum
Ca2+ ATPase (SERCA2a, 70%), the Na+/Ca2+-exchanger
(28%), and, to a lesser extent, the Ca2+-pump and the
mitochondrial Ca2+ uniport (2%) [50]. Equally important
is the phosphorylation state of the proteins that regulate
SERCA2a activity, such as phospholambam (PLB), calmod-
ulin, and calsequestrin. PLB stands as a classic example of
a protein that interacts with and inhibits SERCA2a activity
in a reversible manner. Although its relevance in cardiac
physiology has been extensively studied over the last years,
there is now an emerging field of interest focusing on the
structurally-related protein sarcolipin (SLN). Most notably,
this protein is absent in the ventricles but is significantly
expressed in the atria, which may indicate the existence
of chamber-specific mechanisms of SERCA2a function reg-
ulation. Nonetheless, overexpression of sarcolipin in mice
ventricular myocytes was found to inhibit SERCA2a by direct
binding or through stabilization of the interaction between
SERCA2a and phospholamban [51, 52]. As a consequence,
the affinity of SERCA2a for calcium was decreased, calcium
transients amplitude was lower, and the time of calcium
decay and relaxation was significantly extended [53, 54].
Despite the atrial-specific expression of SLN and the higher
expression of PLB in the mouse ventricle, SLN expression
may not be confined to the atria in other species [54] and
possibly in pathological conditions, such as heart failure.

Besides the importance of the aforementioned mecha-
nisms concerning the velocity and extent of Ca2+ reuptake
into the SR, it has been proposed that diastolic Ca2+ leakage
from the ryanodine receptor (associated with diminished FK
506-binding protein 12.6) may also increase diastolic Ca2+

levels and contribute to a higher thick-thin filament interac-
tion and delayed relaxation [55]. Therefore, the functional
integrity of the SR must translate not only in an effective
reuptake but also a subsequent diastolic sequestration of
Ca2+.

As relaxation is an energy-consuming process, high-
energy phosphate metabolism is a centerpiece in several steps
involved in this phase of diastole, namely, in Ca2+dissociation
from troponin C, myosin-actin detachment, active seques-
tration of Ca2+ into the SR, and in several phosphoryla-
tion reactions of Ca2+-handling proteins [46]. Indeed, any
energetic imbalance leading to an abnormally high ADP

concentration or ADP/ATP ratio is associated with slower
relaxation rates and increased diastolic stiffness [39]. Besides
slower Ca2+ transients’ decay, a higher sensitivity of the
myofilament proteins to this ion might as well decrease
the pace of myocardial relaxation. An important example
is cardiac troponin-I (cTnI) which is less phosphorylated
in HFREF and therefore shows a higher sensitivity to Ca2+

[56]. As a result, comparable increases in Ca2+ concentration
may result in greater myofilaments’ activation and enhanced
myocardial contractility. However, as corroborated by the
recent findings of Yasuda et al., the flip side of the coin
may be a delay in myocardial relaxation and a consequent
increase in diastolic stiffness. In the latter study, both in vitro
and in vivo experiments designed to engineer sarcomeres
with a PKA nonphosphorylatable TnI or a PKA phospho-
mimetic of cardiac TnI indicated an important role of cardiac
TnI phosphorylation status in regulating cardiomyocyte
relaxation velocity [57].

3.1.3. Nonuniformity. Nonuniformity represents asynchro-
nous changes in ventricular shape during contraction and
relaxation, being most frequent in the setting of coronary
artery disease and intraventricular conduction disturbances.
During isovolumic relaxation, it may be represented by reex-
tension of one ventricular segment accompanied by post-
systolic shortening of another, generating an asynchrony
in ventricular relengthening and possibly in ventricular
pressure fall. Consequently, this may further contribute to
diastolic dysfunction [39].

Most, if not all, the risk factors pointed to be associated
with HFNEF invariably lead to impaired relaxation, even if
some may be especially involved in modifying the myocardial
passive properties. However, unraveling the mechanisms
through which a single risk factor induces diastolic dysfunc-
tion/HFNEF has been a challenging task due to the high
prevalence of several comorbidities among HF patients. The
latter condition promotes the interaction among the existent
risk factors, which may significantly modify the phenotype
of the disease, its clinical presentation, and prognosis.

3.2. Ventricular Passive Properties and Their Physiological
Modulators. Although active properties of the myocardium
are responsible for its motion and blood flow, overall dias-
tolic function is stringently dependent on the maintenance
of adequate passive properties as well. Indeed, current data
strongly associates changes in myocardial material properties
and various forms of heart disease. The passive properties
of the ventricular wall depend on myocardial stiffness, wall
thickness, and chamber geometry (Table 1) and are evaluated
by observing the position and shape of the EDPVR [39].
This is an exponential curve which is derived by plotting
the lower right corner of multiple pressure-volume (PV)
loops at various preloads. Considering the three-parameter
monoexponential formula (P = P0 + A∗ekc

∗V ), the EDPVR
is dependent on ventricular distensibility (represented by
changes in vertical position, i.e., in the value of the pressure
intercept P0), ventricular size (represented by changes in
horizontal position, that is, in constant A), and ventricular
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Figure 1: Schematic representation of the end-diastolic pressure-volume relationship (EDPVR) in the absence (a) or presence (b) of diastolic
dysfunction. The dashed segment of the EDPVR represents the pressure-volume interval in which an individual remains hemodynamically
stable. In (b), the steeper EDPVR narrows the ventricular pressure-volume interval and increases the individual’s susceptibility to
hemodynamic decompensation.

compliance (represented by changes in the slope of the curve,
i.e., in the modulus of chamber stiffness, Kc).

Due to the concentric hypertrophy and stiffer myocardial
wall commonly associated with HFNEF, the hallmarks of this
condition are decreased distensibility, decreased compliance,
and smaller cavity size. As a consequence, the ventricular
wall displays stronger elastic forces resisting expansion
during diastolic filling, which is translated into an upward
and leftward shift of the EDPVR, that is, into a steeper
relation. Indeed, changes in its slope deserve special emphasis
as it reflects the patient’s vulnerability to hemodynamic
decompensation, regardless of the HF phenotype (HFNEF or
HFREF) and ventricular cavity size [45].

As depicted in Figure 1, the slope of the curve at
operating conditions is a valuable surrogate of these patients’
clinical susceptibility: the steeper the curve, the smaller the
volume variation capable of markedly increasing ventricular
filling pressures and inducing pulmonary congestion.

However, we must bear in mind that the EDPVR is
not solely dependent on intrinsic passive properties of
the ventricular wall but also on extrinsic factors (e.g.,
pericardium, lungs) [39, 46] as well as conditions leading to
incomplete myocardial relaxation, such as severe tachycardia
in HF patients (Table 1). The latter situation is especially
important because their hearts may exhibit a flat or even
negative relaxation velocity-versus-heart rate relationship
[58]. In this way, when heart rate increases, relaxation rate
does not increase or even decreases, leading to a stiffer
ventricle in late diastole and hence higher filling pressures.

3.2.1. Myocardial Stiffness. Considering the importance of
myocardial material properties in determining ventricular
compliance and clinical severity of HFNEF, their study
became an attractive field in HF research. In further sec-
tions, there will be emphasized the relative contribution of
cardiomyocytes and extracelular matrix to overall myocardial
stiffness, both in physiological and pathological conditions
(Table 1).

4. Cardiomyocytes and Myocardial
Material Properties

Several studies have shown that changes in myocardial
material properties can be caused by mechanisms intrinsic
to the cardiomyocytes themselves [38, 59–68]. These include
mechanisms that may alter (i) the relative content, (ii)
the isoforms expression, (iii) posttranslational modifications
and/or (iv) active interactions among the cytoskeletal struc-
tures of cardiac cells, thus affecting the overall resistance to
changes in shape.

The cardiomyocyte cytoskeleton is composed of micro-
tubules (tubulin), intermediate filaments (desmin), microfil-
aments (actin), and endosarcomeric proteins, of which titin
has lately received particular attention.

4.1. Microtubules and Intermediate Filaments. At operating
sarcomere lengths (1.9–2.2 μm), microtubules and inter-
mediate filaments were found to contribute less than
10% to passive tension [67]. However, in the setting of
right-ventricular pressure overload hypertrophy (RVPOH)
and at physiological rates of muscle length variation,
there is a higher resistance to changes in cardiomy-
ocyte shape, a result that is significantly attenuated when
microtubules are chemically or physically depolymerized.
Thus, although microtubules may not significantly con-
tribute to myocardial stiffness both in healthy states and
in slowly stretched muscles, their increased density may
play a role under pressure-overloaded conditions and at
physiological rates of contraction and relaxation [60, 67].
In these conditions, microtubules are mainly responsible
for an increase in cardiomyocyte resistance when rapidly
stretched.

4.2. Myofilaments. Since the interaction between actin and
myosin was shown to occur even at low diastolic calcium
levels, it was hypothesized that the establishment of residual
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diastolic cross-bridges might as well mediate myocardial
passive stiffness [46]. As described for microtubules, Zile
and colleagues also showed that, in pressure-overloaded
conditions, there is a correlation between increased myocar-
dial stiffness, higher intracellular calcium concentration,
and increased number of cross-bridge interactions [38].
Therefore, changes in calcium transients or myofilament’s
calcium-sensitivity may increase myocardial stiffness [46, 69]
even if these are most commonly regarded as determinants
of myocardial relaxation rate. The latter findings mean that
beyond the biophysical properties of structural cytoskeletal
proteins, cardiomyocyte stiffness may also be under active
control, thus evoking the concept of active muscle tone
[46].

4.3. Titin. Over the last decade, the contribution of the
endosarcomeric protein titin in the modulation of myocar-
dial stiffness has been elucidated. However, its relevance
in cardiac function goes beyond the scaffold and passive
force generating properties, being an important regulator of
systolic function [70, 71], a mechanotransducer in cardiomy-
ocytes [72], and a central player in cardiac development,
growth, and hypertrophy [73–75].

4.3.1. Titin Isoforms and Myocardial Stiffness. Titin spans
the half-sarcomere from the Z-disk to M-line and its ability
to generate passive tension is associated with extensible
segments in the I-band of sarcomeres, comprised of serially
linked but distinct domains: the proline-glutamate-valine-
lysine (PEVK) element, immunoglobulin-(Ig-)like domains
and the segment with unique aminoacid sequences called
N2B, N2A, or N2BA (which contains both N2B and
N2A) [46, 59, 61, 63, 76]. It is expressed in the heart as
two different isoforms, the smaller and stiffer N2B, and
the larger and more compliant N2BA. While the former
expresses only the cardiac specific N2B domain, the latter
expresses both N2B and N2A as well as additional PEVK
and Ig domains. Upon application of a longitudinal force,
stretch of cardiomyocytes within physiological sarcomere
length ranges is accompanied by unfolding of the PEVK, Ig
domains, and unique sequences N2A and/or N2B, resulting
in the generation of passive force. Upon release, these spring
elements tend to refold and achieve a state of lower contour
length and higher entropy. Given the presence of additional
segments in the N2BA titin isoform, it can accommodate
longer variations in length for the same levels of passive
force generated, being therefore more compliant than N2B
isoform. However, because these isoforms are coexpressed
in the same half sarcomere in a ratio that varies among
species and in different locations within the heart, titin-
based cardiomyocyte stiffness is usually anywhere in-between
of that generated by N2B- or N2BA-purely expressing
cells. Accordingly, the predominant expression of N2B in
rodents [46, 69] accounts for a high cardiomyocyte stiffness,
while the more abundant expression of N2BA in large
mammals (pig, cow, human) accounts for a comparably
lower passive stiffness. However, and regardless of the animal
species, myocardial stiffness undergoes significant changes

during physiological and pathological conditions, which are
partially accounted by shifts in titin isoforms expression
ratio as well as titin posttranslational modifications. The
earliest and probably the most robust shift occurs during the
perinatal period. In the fetal myocardium of mice, rats, and
pigs, titin is predominantly expressed as a compliant N2BA
titin isoform (fetal cardiac titin), which is characterized by
the presence of additional Ig and PEVK segments in its
extensible region than the adult N2BA titin [77]. Around
birth, this fetal isoform is downregulated and titin transcripts
are translated into a shorter, less extensible N2BA protein,
together with the onset N2B titin isoform expression. With
a time course that varies among species, N2B becomes the
predominant isoform in the adult heart, including humans.
As a consequence, the highly compliant fetal myocardium
becomes progressively stiffer and better adapted to higher
ventricular end-diastolic pressures that accompany post-
natal cardiac growth. Even in adulthood, titin isoforms
expression ratio is highly dynamic and contributes to
changes in myocardial stiffness upon pathological insults.
However, the direction of isoform shift is not consistent
among studies and the mechanisms that may lead to one
type of switch over another in HF remain unclear [46,
59]. A plausible explanation for these discrepancies relies
on the different experimental/clinical contexts where the
shift in titin isoforms expression was studied, mostly likely
on differences in the nature, severity, and duration of the
disease. As depicted in Figure 2, the development of HF
or HF-associated pathological conditions is accompanied
by an increase in myocardial stiffness (Figure 2(a)), where
remodeling of the ECM invariably leads to a higher collagen-
based stiffness (Figure 2(b)). However, while in 2 canine
models of pacing-induced dilated cardiomyopathy (DCM)
[78, 79] the increase in myocardial stiffness with HF
was accompanied by a higher expression of the stiff N2B
titin isoform (Figure 2(c)), the opposite was observed in
HF human hearts, either with normal [80] or reduced
ejection fraction [81–83]. (Figure 2(d)). In these studies,
the net increase in myocardial stiffness was accounted
by a higher collagen-based stiffness and/or changes titin
isoforms phosphorylation ratio. The observed increase in
N2BA/N2B expression ratio has been rather interpreted as
a compensatory mechanism in which the presence of more
compliant titin isoforms counteracts the progressive increase
in myocardial stiffness and diastolic dysfunction. Similar
findings in titin isoforms shift have been recently reported
in long-term hypothyroidism, a condition commonly associ-
ated with diastolic dysfunction [84]. Of note, Figure 2 does
not take into consideration the relative proportions of N2B
and N2BA titin isoforms but rather the main direction of
their shift, as reported in several studies.

4.3.2. Titin Posttranslational Modifications and Myocardial
Stiffness. Besides the molecular structure and relative expres-
sion ratio, posttranslational modifications of titin isoforms
(through either phosphorylation or calcium binding effects)
may significantly impact myocardial stiffness. N2B titin’s
segment was shown to be the target for protein kinase A
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Figure 2: Progressive increase in myocardial (a) and collagen-based
stiffness (b) during physiologic cardiac growth as well as HF or
HF-associated pathological conditions. The increase in myocardial
stiffness can be paralleled by a concordant increase in the expression
of the stiff titin isoform N2B (c) or by a compensatory increase in
the expression of the compliant titin isoform N2BA (d). Relative
hypophosphorylation of the stiff N2B titin also accounts for an
increase in myocardial stiffness in HF, especially in HFNEF (e) (P-
N2B: phosphorylated N2B; P-N2BA: phosphorylated N2BA).

(PKA) and protein kinase G (PKG) phosphorylation [61, 76,
85–87], which possibly destabilizes its structure and induces
an increase in N2B segment length, thus reducing cardiomy-
ocyte passive tension. Because N2B element is included in
all cardiac titin isoforms, its extension is predicted to reduce
passive stiffness of both N2B and N2BA titins. However,
the magnitude of the phosphorylation-induced decrease in
passive stiffness is isoform dependent, because the shorter
N2B titin makes its increase in length to have a greater impact
on its fractional extension. Accordingly, a relative deficit in
N2B titin phosphorylation status was found to significantly
raise cardiomyocyte stiffness in failing human myocardium
(Figure 2(e)), despite the compensatory increase in N2BA
titin isoform expression and phosphorylation. Interestingly,
patients with HFNEF had not only more N2B titin protein
(i.e., stiffer) but also less phosphorylated N2B titin (i.e.,
stiffer) than HFREF patients, explaining both the signifi-
cantly higher stiffness and the more pronounced decay in
of passive tension upon to PKA-mediated phosphorylation
[80].

Titin phosphorylation by PKA and PKG clearly sup-
ports the effects of β-adrenergic signaling and nitric oxide
in reducing cardiomyocyte stiffness, respectively [86, 87].
However, the association between titin phosphorylation by
Protein Kinase C (PKC) and the reported effects of several
agonists of Gq protein-coupled receptors is not straight-
forward. As recently published, PKC phosphorylates titin’s

PEVK segment and leads to an increase in cardiomyocyte
stiffness [88, 89] suggesting that the adaptation of myocardial
stiffness upon adrenergic stimulation may be finely regulated
by a balance between alpha and beta adrenergic receptors’
activation. However, acute activation of other Gq protein
coupled receptors (AT1, ETA, among others) has been
associated with a decrease in myocardial stiffness, an effect
that was blunted when PKC was specifically inhibited [90,
91]. Whether a broader effect of PKC on the phosphorylation
status of cardiac myofilaments, the isoform of PKC or
the simultaneous activation of other pathways may have
accounted for these results warrants further assessment.

Besides titin extention, diastolic stiffness may be also
produced by titin-calcium interactions in an isoform depen-
dent manner. Calcium binding directly increases the passive
stiffness of N2BA expressing myocardium by changes in its
structure but has no effect on exclusively N2B expressing
myocardium. In the latter case, calcium exerts an indirect
effect by promoting titin-actin interactions, which may serve
to retard thin filament sliding and contribute to myocyte
passive stiffness [59].

5. ExtraCellular Matrix and Myocardial
Material Properties

Besides cardiomyocytes, the ECM is another major determi-
nant of the myocardial material properties [92]. Among the
proteins within the ECM, fibrillar proteins such as collagen
and elastin, proteoglycans, and the basement membrane
proteins each may play a role in determining the consti-
tutive properties of the myocardium [93, 94]. However,
collagen molecules have been hypothesized to be the most
important component within the ECM contributing to
myocardial stiffness and HFNEF [46], as it is a relatively stiff
material with high tensile strength. However, its influence
on the stress-strain relation of the myocardium depends
on many factors including its concentration, fibril and
fiber diameter, degree of crosslinking, spatial alignment,
and collagen types. In physiological conditions and at
sarcomere lengths less than 2.2 μm, the combined passive
fiber stiffness of the myocardium has been predominantly
attributed to intracellular structures, notably titin. However,
at longer sarcomere lengths, parallel collagen fibers bear an
increasing fraction of the axial stress as collagen perimysial
fibers untwist and straighten [94]. Interestingly enough,
the increase in myocardial stiffness across different species
and heart chambers is associated not only to a higher
expression of the stiff N2B titin isoform but also by a parallel
increase in collagen content, which suggests coordination
between collagen synthesis and titin isoform expression. This
might preserve the relative stiffness contributions of titin
(lower sarcomere lengths) and collagen (higher sarcomere
lengths) among species. However, this relationship may not
be preserved in pathological states [46] such as arterial
hypertension, diabetes [95, 96], or myocardial infarction [97,
98], because of their role in disrupting the balance between
collagen biosynthesis, degradation, and posttranslational
processing [46].
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6. Neurohumoral Modulation of Myocardial
Mechanical Properties

Besides mechanical inputs, growing evidence points to
neurohumoral agents such as nitric oxide (NO) [99–101],
angiotensin II [90, 102], endothelin-1 [91, 103, 104],
urotensin-II [105, 106], and adrenomedullin [107] to acutely
alter myocardial mechanical properties as well [108].

In isolated cardiomyocytes, NO was shown to shift the
stress-strain relation down and to the right. Accordingly,
intracoronary infusion of the exogenous NO donor, sodium
nitroprusside, resulted in a similar displacement of the end-
diastolic pressure-volume relation, both in normal and in
hypertrophied human hearts as a result PKG-mediated phos-
phorylation of myofilaments [101]. In further experiments,
substance P was shown to promote the release of endogenous
NO, decreasing ventricular stiffness in patients with dilated
cardiomyopathy [39, 102]. Although some previous reports
[109] stated that higher coronary perfusion pressures might
cause an upward displacement of EDPVR by increasing
myocardial vascular engorgement, the latter results also
suggest that a simultaneous increase in endothelial shear-
stress may enhance the release of endogenous NO and
attenuate the aforementioned effect. As titin is currently
known to be a target of PKG phosphorylation, an increase
in titin distensibility might have as well contributed to the
observed effects [87].

Chronic activation of the renin-angiotensin system is
also a well-recognized mechanism that leads to increased
myocardial stiffness by promoting structural remodeling in
both cardiomyocytes and ECM. However, acute activation
of this system was shown to decrease myocardial and
ventricular chamber stiffness in a time frame that was
too short to alter the ECM [90]. Therefore, its effects on
myocardial tissue must be caused by direct action on the
cardiomyocytes to alter one or more determinants of its
mechanical properties. Interestingly, a similar finding was
also ascribed to endothelin-1 in isolated papillary muscles
[91]. As angiotensin II and endothelin-1 exerted their effects
through the activation of Gq Protein-Coupled Receptors
which are established activators of PKC signaling, further
studies are necessary to reconcile these observations with
the recently described PKC-mediated increase in titin and
cardiomyocyte stiffness.

7. Conclusion

The maintenance of normal diastolic performance is only
possible through the appropriate expression of cellular
and matrix phenotypes, which in turn are dependent on
the perfect match between the myocardial inputs and
its biological responses. Myocardial tissue is regarded as
composite material whose properties depend on each of
its specific constituent elements and the dynamic interplay
between their structure and function. In addition, the
biomechanical sensing features of the myocardium allow
it to alter its structural and functional phenotypes when
subjected to physiological inputs, thus achieving a new

biological equilibrium that preserves overall ventricular
function. In pathological settings, however, such equilibrium
can be easily disrupted, with both cardiomyocytes and ECM
exhibiting changes that may impair ventricular relaxation
and chamber stiffness. The growing knowledge about the
causal mechanisms of abnormal myocardial properties will
possibly allow us to diagnose earlier and choose the best
therapeutic strategies in patients with HF in general and
HFNEF in particular.

References

[1] J. Lammerding, R. D. Kamm, and R. T. Lee, “Mechan-
otransduction in cardiac myocytes,” Annals of the New York
Academy of Sciences, vol. 1015, pp. 53–70, 2004.

[2] M. A. Sussman, A. McCulloch, and T. K. Borg, “Dance
band on the Titanic: biomechanical signaling in cardiac
hypertrophy,” Circulation Research, vol. 91, no. 10, pp. 888–
898, 2002.

[3] A. W. Orr, B. P. Helmke, B. R. Blackman, and M. A. Schwartz,
“Mechanisms of mechanotransduction,” Developmental Cell,
vol. 10, no. 1, pp. 11–20, 2006.

[4] B. Swynghedauw, “Phenotypic plasticity of adult myocardi-
um: molecular mechanisms,” Journal of Experimental Biology,
vol. 209, no. 12, pp. 2320–2327, 2006.

[5] D. D. Bonnema, C. S. Webb, W. R. Pennington, et al., “Effects
of age on plasma matrix metalloproteinases (MMPs) and
tissue inhibitor of metalloproteinases (TIMPs),” Journal of
Cardiac Failure, vol. 13, no. 7, pp. 530–540, 2007.

[6] B. P. Shapiro, C. S. P. Lam, J. B. Patel, et al., “Acute and chronic
ventricular-arterial coupling in systole and diastole: insights
from an elderly hypertensive model,” Hypertension, vol. 50,
no. 3, pp. 503–511, 2007.

[7] H. Masugata, S. Senda, F. Goda, et al., “Left ventricular
diastolic dysfunction in normotensive diabetic patients in
various age strata,” Diabetes Research and Clinical Practice,
vol. 79, no. 1, pp. 91–96, 2008.

[8] L. van Heerebeek, N. Hamdani, M. L. Handoko, et al.,
“Diastolic stiffness of the failing diabetic heart: importance
of fibrosis, advanced glycation end products, and myocyte
resting tension,” Circulation, vol. 117, no. 1, pp. 43–51, 2008.

[9] C. Y. Wong, T. O’Moore-Sullivan, R. Leano, N. Byrne, E.
Beller, and T. H. Marwick, “Alterations of left ventricular
myocardial characteristics associated with obesity,” Circula-
tion, vol. 110, no. 19, pp. 3081–3087, 2004.

[10] B. D. Powell, M. M. Redfield, K. A. Bybee, W. K. Freeman,
and C. S. Rihal, “Association of obesity with left ventricular
remodeling and diastolic dysfunction in patients without
coronary artery disease,” American Journal of Cardiology, vol.
98, no. 1, pp. 116–120, 2006.

[11] J. F. Carroll, R. L. Summers, D. J. Dzielak, K. Cockrell, J.-P.
Montani, and H. L. Mizelle, “Diastolic compliance is reduced
in obese rabbits,” Hypertension, vol. 33, no. 3, pp. 811–815,
1999.

[12] J. M. McGavock, R. G. Victor, R. H. Unger, and L. S.
Szczepaniak, “Adiposity of the heart, revisited,” Annals of
Internal Medicine, vol. 144, no. 7, pp. 517–524, 2006.

[13] M. Pascual, D. A. Pascual, F. Soria, et al., “Effects of isolated
obesity on systolic and diastolic left ventricular function,”
Heart, vol. 89, no. 10, pp. 1152–1156, 2003.



Journal of Biomedicine and Biotechnology 9

[14] J. F. Carroll, D. S. Braden, K. Cockrell, and H. L. Mizelle,
“Obese hypertensive rabbits develop concentric and eccentric
hypertrophy and diastolic filling abnormalities,” American
Journal of Hypertension, vol. 10, no. 2, pp. 230–233, 1997.

[15] L. R. Peterson, A. D. Waggoner, K. B. Schechtman, et al.,
“Alterations in left ventricular structure and function in
young healthy obese women: assessment by echocardiogra-
phy and tissue Doppler imaging,” Journal of the American
College of Cardiology, vol. 43, no. 8, pp. 1399–1404, 2004.

[16] V. Regitz-Zagrosek, S. Brokat, and C. Tschope, “Role of
gender in heart failure with normal left ventricular ejection
fraction,” Progress in Cardiovascular Diseases, vol. 49, no. 4,
pp. 241–251, 2007.

[17] F. A. Masoudi, E. P. Havranek, G. Smith, et al., “Gender,
age, and heart failure with preserved left ventricular systolic
function,” Journal of the American College of Cardiology, vol.
41, no. 2, pp. 217–223, 2003.

[18] P. R. Mitoff, A. Al-Hesayen, E. Azevedo, G. E. Newton,
and S. Mak, “Sex differences in basal hemodynamics and
left ventricular function in humans with and without heart
failure,” American Heart Journal, vol. 154, no. 3, pp. 575–580,
2007.

[19] M. M. Redfield, S. J. Jacobsen, B. A. Borlaug, R. J. Rodeheffer,
and D. A. Kass, “Age- and gender-related ventricular-vascular
stiffening: a community-based study,” Circulation, vol. 112,
no. 15, pp. 2254–2262, 2005.

[20] Y. Izumi, K. Matsumoto, Y. Ozawa, et al., “Effect of age at
menopause on blood pressure in postmenopausal women,”
American Journal of Hypertension, vol. 20, no. 10, pp. 1045–
1050, 2007.

[21] C. S. P. Lam, V. L. Roger, R. J. Rodeheffer, et al., “Cardiac
structure and ventricular-vascular function in persons with
heart failure and preserved ejection fraction from Olmsted
County, Minnesota,” Circulation, vol. 115, no. 15, pp. 1982–
1990, 2007.
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The classic view of skeletal muscle is that force is generated within its muscle fibers and then directly transmitted in-series, usually
via tendon, onto the skeleton. In contrast, recent results suggest that muscles are mechanically connected to surrounding structures
and cannot be considered as independent actuators. This article will review experiments on mechanical interactions between
muscles mediated by such epimuscular myofascial force transmission in physiological and pathological muscle conditions. In a
reduced preparation, involving supraphysiological muscle conditions, it is shown that connective tissues surrounding muscles are
capable of transmitting substantial force. In more physiologically relevant conditions of intact muscles, however, it appears that the
role of this myofascial pathway is small. In addition, it is hypothesized that connective tissues can serve as a safety net for traumatic
events in muscle or tendon. Future studies are needed to investigate the importance of intermuscular force transmission during
movement in health and disease.

1. Introduction

When skeletal muscle fibers are excited, a cascade of events
is triggered, which ultimately leads to forces exerted on the
skeleton. Muscle forces are needed for movements, such as
locomotion, and the maintenance of body balance. There
are many structures involved at several levels organization:
from actin, myosin, and titin of the sarcomeric cytoskele-
ton, desmin of the intermyofibrillar cytoskeleton, transsar-
colemmal proteins such as dystrophin and integrin of the
subsarcolemmal cytoskeleton, endo-, peri-, and epimysium,
as well as tendon and aponeurosis at the muscle level to inter-
and extramuscular connective tissues (e.g., the neurovascular
tract, fascia) at the compartmental level. For understanding
how forces are transmitted from sarcomere to the bony
skeleton in normal and diseased muscle, it is necessary to
investigate the role of each of these structural elements as
well as their interaction. The present review focuses on the
connective tissues that are found in the direct environment of
skeletal muscles and their potential effects in muscle function
during movement.

The most recognized pathway of force transmission from
muscle fibers to bone is via the specialized myotendinous
junction [1] and tendon, named myotendinous force trans-
mission. Classical anatomy has defined each muscle as a
separate entity with a unique function at the joint(s) it spans.
Therefore, it has long been common to view muscles as
mechanically independent actuators. This is readily apparent
from biomechanical models of the musculoskeletal system
in which muscles are connected to the skeleton at their
origin and insertion [2, 3]. However, many scientists from
the last century were aware of mechanical interactions
between muscles (for a historical overview see [4]). For
example, during measurements of soleus muscle forces in
the cat, upon stimulation of the lateral gastrocnemius-
soleus nerve branch Denny-Brown [5] noticed that “. . .it
is found to be extremely difficult to avoid a slight early rise
of tension, and fall in the plateau, due to the vibration or
pull of gastrocnemius.” More recently, Nichols [6] stated
“Mechanical artifacts due to direct mechanical action of
the stretched muscle on those isometrically constrained were
indicated by essentially instantaneous latencies or by effects
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observed after pharmacological block of heterogenic reflexes.”
Note that in these experiments the tendons are severed
from their insertion site and individually connected to force
transducers. This means that the mechanical linkage was
provided by structures at the muscle belly boundary (i.e., the
epimysium).

The purpose of this article is first to review the initial
series of systematic experiments on mechanical interactions
between synergistic muscles (i.e., neighboring muscles which
produce the same movement at the joint) via connective
tissue linkages (named epimuscular myofascial pathways)
that revealed the presence and capacity of this phenomenon
(mechanical interactions between antagonistic muscles have
been reviewed elsewhere; see [7]); second, to discuss the
current debate on the importance of epimuscular myofascial
force transmission during normal movements; and third, to
discuss the potential functions of inter- and extramuscular
connective tissues for pathological muscle-tendon condi-
tions.

2. Mechanical Interaction between Muscles
through Connective Tissue Structures

2.1. Epimuscular Myofascial Pathways. Epimuscular myofas-
cial force transmission is defined as transmission of muscle
forces to the skeleton via pathways other than the muscular
origin and insertion. A direct proof of epimuscular myofas-
cial force transmission is a difference in force exerted at the
origin (proximal) and insertion (distal) of a muscle. Another
feature of this phenomenon is that length changes in one
muscle can affect forces exerted at the tendons of muscles
that are kept at a constant length.

Two epimuscular pathways are distinguished (Figure 1):
(i) intermuscular, if force is transmitted between two neigh-
boring muscles via the continuous connective tissue at their
muscle belly interface, and (ii) extramuscular, if force is
transmitted between the epimysium of a muscle and an
adjacent nonmuscular structure. The direct intermuscular
pathway is provided by an areolar connective tissue layer
at the interface between muscle bellies (for images see [8]).
Several structures provide an anatomical substrate for the
extramuscular myofascial pathway: (i) the matrix supporting
nerves and blood vessels, that is, the neurovascular tract
(see [8, 9]) (Note that the neurovascular tract is continuous
with the extensive intramuscular connective tissue network,
which reinforces the nerves innervating muscle fibers and
the blood vessels entering the muscle.), (ii) fascia layers
forming the borders of synergistic muscle groups that are
continuous with more superficial layers (e.g., subcutaneous
connective tissue), and (iii) connective tissue around tendons
(for images the reader is referred to previous publications,
e.g., [10–13]).

Dissection of a limb shows a vast network of collagen-
based structures linking muscles together. Clearly muscles
are connected by fascial sheets, loose areolar tissue, vascular
links, nerves, and supporting collagen. Sometimes muscle
fibers originate from neighboring muscle (e.g., in the cat
there are some LG fibers that seem to terminate in MG
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Figure 1: The different pathways via which force generated within
muscle fibers can leave the muscle to be transmitted to the skeleton.
Two epimuscular pathways are distinguished. (i) Intermuscular:
force transmission between two neighboring muscles via the
continuous connective tissue at their muscle belly interface. (ii)
Extramuscular: force transmission between a muscle and adjacent
nonmuscular structures. The term epimuscular myofascial force
transmission is used to indicate transmission via inter- or extramus-
cular pathways.

muscle). Tendons appear to run together. Pushing or pulling
on one muscle leads to movement of a neighbor. Thus,
muscles are unquestionably linked. The question is how
significant these links are to the normal function of muscle.

2.2. Mechanical Interactions between Muscles in the Anterior
Crural Compartment. An in-depth analysis of transmission
of extensor digitorum longus (EDL) muscle force in the rat,
which is embedded within the anterior crural compartment
together with extensor hallucis longus (EHL) and tibialis
anterior (TA) muscles, has been performed. Because both
the proximal and distal tendons of EDL can be attached
to force transducers, EDL is a very suitable muscle for
the assessment of epimuscular myofascial effects. Isometric
forces were measured simultaneously at the proximal and
distal tendons of EDL muscle as well as at the tied distal
tendons of TA, and EHL muscles. These tendons can all
be dissected with minimal disruption of the compartment,
leaving epimuscular myofascial pathways mostly intact. By
manipulating the position of the force transducers, the
muscle-tendon complex length of one or all muscles as well
as muscle relative position were changed.

Mechanical interactions between EDL and TA + EHL
were found for various experimental conditions. Length
changes of the TA + EHL complex affected the forces exerted
at the proximal and distal tendons of EDL, which was kept
at a constant length [9]. More specifically, lengthening TA
+ EHL distally increased proximal EDL force (by 37%),
but decreased distal EDL force (by 39%). The mechanical
interactions between synergistic muscles can be ascribed
to changes in the position of one muscle relative to the
other [15] and, consequently, changes in the configuration
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Figure 2: Schematic drawing to illustrate changes in the configu-
ration of connective tissue between two muscles if one muscle is
lengthened. Modified from Maas et al. [14].

(length and angle) of inter- and extramuscular connective
tissues (Figure 2). It may appear obvious to explain these
results by mechanical effects of intermuscular connective
tissue. However, EDL, TA and EHL are also linked to each
other via extramuscular structures. A clear example is the
neurovascular tract that runs in between the muscles while
giving off branches of nerves and blood vessels which enter
the endo-perimysial network of the muscle [8, 9]. Therefore,
we conducted a followup study to investigate the contribu-
tion of each pathway [16]. Equal experimental conditions
were imposed before and after disruption of the connective
tissue layer between EDL and TA + EHL, thereby eliminating
force transmission via intermuscular myofascial pathways.
This significantly decreased the effects of TA + EHL length
on force exerted at the distal tendon of EDL. However, the
interaction between TA + EHL and proximal EDL force
did not change. Therefore, we concluded that mechanical
interactions between synergistic muscles originate from both
inter- and extramuscular connective tissues. Besides the
above-described study [16], there is only one other study
[10] that reports data indicating that the areolar connective
tissues are stiff and strong enough to transmit force. Changes
in the length-force characteristics were found following
disruption of the intermuscular myofascial pathway [10].

In the above-described studies, relative displacements
of muscle bellies were the result of length changes in a
single muscle group. To distinguish between effects of muscle
length and relative position, isolated effects of muscle relative
position were studied [14]. The muscle-tendon complex
length of EDL and TA + EHL was kept constant. The position
of EDL muscle relative to its surroundings was changed by
moving both the proximal and the distal tendons to an equal
extent and in the same direction. Displacements of EDL in
distal direction decreased force exerted at the distal tendons
of TA + EHL. Simultaneously, distal EDL force increased and
proximal EDL force decreased. Force changes in opposite
direction were found if EDL muscle was repositioned more
proximally. Each movement affected the proximo-distal force
difference and, thus, the magnitude of net epimuscular
myofascial force transmission. In addition, the sign of the
force difference between proximal and distal EDL forces
changed. Similar effects of muscle relative position were
reported for slightly different experimental conditions [17].
Length-force characteristics of EDL muscle obtained by
movements of the distal tendon were significantly different
from its length-force characteristics if EDL muscle was
lengthened by moving its proximal tendon.

In conclusion, the position of a muscle relative to
surrounding tissues codetermines isometric muscle force.

Position effects can be explained by changes in the configu-
ration of the tissues representing the epimuscular myofascial
pathways (Figure 2). In general, the muscle end that is
positioned farthest in a particular direction (e.g., distal) will
draw force from neighboring muscles.

2.3. Do Mechanical Interactions between Muscles Occur In
Vivo? The above in situ studies have shown the potential of
force transmission between skeletal muscles via inter- and
extramuscular connective tissues. The functional relevance
of this phenomenon is dependent on the magnitude of the
effects found in physiological muscle conditions. However,
this mode of force transmission may be small in normal mus-
cles during physiological conditions, because (1) the above
studies all used tetanic stimulation. This rarely occurs during
voluntary movement, so observations may be relevant only
to lab conditions; (2) the muscle-tendon complex length of a
single muscle was changed while the length of its synergists
was kept constant, compared to simultaneous length changes
in synergistic muscles during normal movements; (3) when
individual muscles are stimulated alone and together, the
force sums linearly which is surprising if the epimuscular
pathway is used; and (4) a recent experiment studying force
transmission between cat soleus (SO) and its synergistic
muscles in an intact animal showed little epimuscular force
transmission. Each of these points will be discussed below.

In the studies described up to this point, the effects
of epimuscular pathways on muscular force transmission
were tested predominantly during simultaneous maximal
activation of both synergistic and antagonistic muscles.
Coactivation of synergistic and antagonistic muscles has
been observed in the awake, freely moving animal (e.g.,
[18]), but in most cases at submaximal levels of activation
(e.g., [19]). Recently, using the in situ setup described above,
substantial proximo-distal EDL force differences (up to 30%
of maximal force at each frequency) as well as mechanical
interactions with TA + EHL were found during nerve
stimulation at submaximal frequencies (10–30 Hz) [20]. This
suggests that also at firing frequencies encountered in vivo
muscle forces can be transmitted via epimuscular myofascial
pathways.

Another experimental condition of the studies described
in Section 2.2 that was different from the conditions under
which muscles function in vivo was changing the length
of only one muscle. Due to differences in moment arms
between synergists [21, 22], the change in length of one
muscle can be different from that of its neighbor, but the
relative movements imposed during lengthening a single
muscle were beyond the physiological range. Recently, this
issue was addressed by investigating proximal-distal force
differences in EDL muscle while lengthening EDL, TA, and
EHL simultaneously, as is the case during ankle movements
[23]. Also in these experimental conditions, a large force
difference (up to 30% of maximal force) was found. At
submaximal stimulation frequencies, however, the difference
(5%) and, hence, net epimuscular myofascial force transmis-
sion became small [23]. It should be noted that different
myofascial pathways can be arranged in such a way that
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they exert forces on a muscle in opposite direction (see [9,
Figure 8]) and that the proximo-distal force difference is
the net result of all myofascial loads [7]. A small difference
can thus be explained by limited epimuscular myofascial
force transmission or opposing myofascial loads of similar
magnitude.

If force transmission through epimuscular pathways is
substantial, then nonlinear summation of force is expected
when different muscles are activated alone and together.
Nonlinear force summation is defined as the difference
between the force exerted when two muscle parts are excited
simultaneously and the sum of the forces exerted when each
muscle part is excited individually [24]. Force transmission
between the medial gastrocnemius (MG) and lateral gas-
trocnemius/soleus muscles (LG/SO) was studied in the cat
hindlimb [25, 26]. The muscles were activated by stimulation
of the nerve branches to each of the muscle groups. LG and
SO muscles were stimulated together because of the difficult
surgery required to separate their nerves (see [27]). The cat
hindlimb was left intact and the foot attached to a 6-degree-
of-freedom (dof) load cell to measure force and torque. The
femur was fixed to a rigid frame. MG was stimulated alone,
LG/SO alone, and then both together. When both muscles
were stimulated together, the resulting forces and torques
(all 6 dof) were less than the sum of the individual forces.
The peak error occurred during the onset of activation where
force was about 9% less compared to the plateau where
steady state force was about 2% less. There was no evidence
that the direction of the forces changed during simultaneous
activation of the muscles compared to activation of the
muscles independently. These results suggest that when both
muscle groups were activated together there was increased
shortening of the muscle fibers, and hence less force due
to a higher velocity of shortening during force onset. Thus,
there is some interaction, either between the muscle bellies or
between their tendons. However, the interaction was small,
and during steady state, it was almost immeasurable. Similar
experiments were performed on the vastus medialis and
rectus femoris in cat. Both muscles are knee extensors. They
share a border and a tendon and thus may be expected
to show nonlinear summation. Nonlinear summation error
was small in all 6 degrees of freedom. The average peak
error was 8.4% and the mean average error during the
contraction was 1.3% (unpublished observations). Note
that these experiments do not preclude epimuscular force
transmission, but rather suggest that in normal muscle it has
little functional effect on the overall force delivered to the
skeleton.

To tackle some of the concerns of previous studies, a new
experimental approach was developed to measure directly
the mechanical interactions between muscles in conditions
that simulate those present during normal movements [28].
The latter was assured by testing the muscles in a nearly intact
limb of the cat. The tendons were not cut, but left attached
to their insertion sites. Length changes were obtained by
movements of the joints and, thus, only physiological relative
movements could be imposed. The mechanical interactions
between the one-joint SO and its two-joint synergistic
muscles were studied. The muscle bellies of LG and plantaris
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6 degree-of-freedom
load cell on robotic arm
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90◦

LG and PL

SO

Figure 3: A schematic presentation of the cat hindlimb in the
experimental setup used to investigate inter-synergist interactions
[28].

(PL) muscles share an interface with SO [29]. Ankle moment
exerted upon the isolated excitation of SO was measured
at various knee angles while the ankle was kept at a
constant position (∼90◦), using a 6-degree-of-freedom load
cell coupled to a 6-degree-of-freedom robotic manipulator
(Figure 3). Note that knee movements will only alter the
length and relative position of the two-joint muscles, but
not of SO. This involves the greatest relative displacements
between these muscles in vivo. We hypothesized that force
transmission from SO muscle fibers will be affected by length
changes of its synergists through configuration changes of
connective tissues between these muscles.

Changing the knee angle from 70◦ to 140◦ lengthened
LG and PL profoundly (4.5–7.2 mm), as calculated using
the geometric model presented by Goslow et al. [30]. In
contrast to our expectations, active ankle moment generated
by SO and the rate of muscle relaxation were not significantly
affected by changes in knee angle. These results demonstrate
that the presence of relative muscle movements does not
necessarily mean force transmission between muscles. To
further test the apparent independency of SO, an additional
set of experiments was performed. With minimal disruption
of the connective tissues at the muscle belly level, the distal
tendon of SO was dissected free from the other tendons
in the Achilles tendon complex, cut, and connected to a
force transducer. As this eliminated force transmission to
its insertion on the calcaneus, any ankle joint moment
following SO excitation was attributed to force transmission
via epimuscular myofascial pathways to the Achilles tendon.
If the tendon of SO was placed at its original position,
corresponding to the above reported ankle joint angle, the
moment exerted at the ankle was close to zero while force
exerted at the distal tendon of SO was near its optimal value.
A substantial ankle moment was found only if SO was excited
at positions distant from physiological. These results confirm
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Figure 4: Drawings to illustrate length changes of connective tissue
linkages between passive (grey) and active (red) synergistic muscles.
Changing the length of one muscle results in reorientation as
well as unfolding of those linkages. Unfolding is also seen with
coactivation. Such straightening of macroscopic crimp in collagen
fibrils is correlated to the toe region of the stress-strain curve [35].
Modified from Maas and Sandercock [28].

that for in vivo muscle lengths and relative positions force
generated in SO muscle fibers is transmitted to its distal
tendon.

The above-described nearly linear force summation
between MG and LG/SO as well as between rectus femoris
and vastus lateralis is in agreement with this finding. Others
have found that human SO fascicle length was not affected
by changes in knee angle, as measured in both passive and
maximally active conditions of the ankle plantar flexors
[31]. In contrast, recent imaging studies in humans suggest
that mechanical connections between gastrocnemius and
SO muscles are effective also within the in vivo length
range. Isolated excitation of MG at a fixed angle of the
ankle and knee joints elicited a decrease in fascicle length,
not only in the excited muscle, but also in SO [32, 33].
However, MG activation did not cause displacements in
flexor hallucis longus muscle [33], suggesting that not all
muscles are equally connected. In addition, effects of knee
movements on SO muscle have been reported [33, 34]. Note
that the mechanical effects (e.g., ankle moment) of such
displacements in SO were not measured.

How can the different results between the rat and
cat studies be explained? We have hypothesized that the
intermuscular linkages between SO and adjacent muscles
within the intact cat may be slack or operate on the toe
region of their lumped stress-strain curve (Figure 4, see
also [28]). The steep portion of this curve and, hence,
epimuscular force transmission will then be attained only
with supraphysiological displacements. The stiffness of the
intermuscular linkages may also be a local property, being
more compliant in the proximal region of the cat ankle
extensors. Note that Maas and Sandercock [28] lengthened
the two-joint muscles by knee movements; thus, there
was more movement proximally. Preliminary data suggest
indeed that cat SO muscle is more rigidly connected to LG

distally than proximally (Sandercock and Maas, unpublished
observations). Also in line with this hypothesis are the
results of an earlier study in the rat in which lengthening a
muscle distally resulted in substantial force changes exerted
at the distal tendon of a neighboring muscle, while effects of
proximal lengthening were not significant [17].

A major difference between the experiments on epimus-
cular myofascial force transmission in the rat (see above)
and the cat [28] is the number of muscles that is activated
simultaneously. In the rat studies all synergists and some
antagonists were activated versus a single muscle in the
cat. Coactivation leads to several changes within the muscle
compartment that may affect the mechanical interaction
between adjacent muscles. Muscle fibers contract and, hence,
the muscle belly shortens and expands radially. The former
will result in a small change of the muscle relative position,
whereas the expansion will increase the lateral tension of the
connective tissue network. In a recent study, we tested the
hypothesis that the net effect of coactivation is an increase in
the stiffness of the epimuscular pathways (Figure 4), which
will facilitate force transmission between muscles. Effects of
antagonist coactivation on mechanical interactions between
synergistic muscles in the rat forelimb were assessed [36]. In
contrast to the hypothesis, changes in force of the restrained
muscle with length changes of its synergist were unaffected
by antagonist coactivation. Testing intermuscular interaction
with other combinations of active muscles (e.g., excluding
the activity of some synergistic muscles) may be necessary to
elucidate the effects of muscle coactivation on the magnitude
of epimuscular myofascial force transmission.

Finally, it is also conceivable that the mechanical charac-
teristics of the connective tissue system are different between
muscle groups within an animal and across species. The
muscle-connective tissue architecture and composition of
each synergistic group is different. Therefore, generalizing
the current results to the whole musculoskeletal system
should be done with caution. Although mechanical inter-
actions between synergistic muscles have been shown in
many animals (e.g., mouse, rat, cat, locust, frog), differences
in connective tissue mechanical properties or differences
in animal size may affect the importance of such force
transmission. In contrast to mammals, it has been reported
that amphibians have a relatively poorly developed con-
nective tissue network [37] and that insects contain very
little connective tissue [38, 39]. Another aspect that should
be taken into account is the scaling of muscle surface
area (to the 2nd power) versus muscle volume (to the 3rd
power). This means that, for example, mice have a relatively
larger epimysial surface to volume ratio than humans. To
date, whether these variations between species lead also to
different mechanical interactions remains unclear.

The contradictory findings between the rat and cat
studies are not fully understood and, thus, the responsi-
ble mechanisms requires further investigation. Specifically,
future studies should continue to test if the magnitude
of intermuscular force transmission is dependent on the
number of muscles that is simultaneously activated. Is the
extent of force transmission between muscles the same
throughout the body? This is another question that needs to
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be addressed. In conclusion, the importance of epimuscular
myofascial pathways for muscle function during normal
movements remains unclear.

2.4. Connective Tissue Function in Pathological Muscle-Tendon
Conditions. Besides a potential role for normal muscle func-
tion, epimuscular myofascial pathways may be important
in pathological conditions of the musculoskeletal system.
Street observed [41], “After the distal tendon of a frog’s
semitendinosus muscle is cut, pathological changes appear first
in the distal part. We found that when part of a muscle was
normal the muscle as a whole generally developed the normal
amount of tension and we guessed that some cell component
other than the myofilament arrays served as a tension bypass
through or around the damaged areas (Ramsey and Street,
unpublished).” In the same paper, Street suggested [41],
“In injured whole muscle it is probable that the connective
tissue sheath near damaged fibers can pick up and transfer
active tension generated in normal areas and, at the same
time, stabilize abnormal areas against length changes. This
might promote healing.” This suggests the hypothesis that the
connective tissue network may act also as a safety net for
traumatic events in muscle or tendon. In other words, due
to the presence of myofascial pathways, the acute effects of
muscle or tendon trauma are limited and muscle function is
preserved.

Injury within a muscle or tendon is a common occur-
rence, especially during sport activities (e.g., [42, 43]). Thus,
it is essential that basic function is maintained while the
injury is healed. In the same study by Maas and Sandercock
[28] that showed little epimuscular force transmission in
intact SO, they also showed that during complete tendon
transection the SO can produce substantial force. The
insertion of the SO on the calcaneus was completely severed,
yet the SO produced an extensor moment at the ankle that
was about 45% of normal. There was greater shortening,
17 mm compared to 1 mm, than before tendon transection.
Yet function was partially maintained possibly allowing use
during recovery.

The results of several previous studies support the idea
that connective tissues within and surrounding muscles
can limit injury and support repair. It has been reported
that one of the four distal tendons of rat EDL (a mul-
titendoned muscle, see [44]) can be cut or considerably
shortened with minimal effects on force measured at the
proximal tendon [45, 46]. This can only be explained by
transmission of force from the tenotomized muscle fibers
to the intact distal tendons via the endomysial-perimysial
network. Similar phenomena have been reported following
transection of the whole distal or proximal tendon. During
some of the above-described rat experiments, the connec-
tion between tendon and force transducer was suddenly
severed. Following such a release of the proximal EDL
tendon, a substantial force was still found at the distal
tendon [47]. The muscle fibers of EDL are thus prevented
from shortening all the way, most likely by inter- and/or
extramuscular connective tissues. In a different experiment,
the connection of the TA + EHL tendon was released
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Figure 5: Waveforms of simultaneously measured force exerted
at the distal tendon of TA + EHL (a) and forces exerted at the
tendons of EDL muscle (b). During isometric contraction, the
connection between TA + EHL and the force transducer was severed
(t ∼ 200 ms). TA + EHL force dropped to zero and at the same time
proximal EDL force decreased and distal EDL force increased. These
results have been presented in abstract form [40].

suddenly. Proximal TA + EHL force was not measured, but
the changes in proximal and distal EDL forces clearly indicate
mechanical interactions between these synergistic muscles
(Figure 5).

In addition to the acute backup from connective tissues
following muscle and tendon trauma, long-term adaptations
also suggest that myofascial pathways serve temporarily
as a safety net. It has been reported that the integrin-
vinculin mediated connections between the subsarcolemmal
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cytoskeleton and extracellular matrix are temporarily rein-
forced in ruptured muscle fibers [48, 49]. As a consequence,
force generated within the sarcomeres of these damaged
fibers will be transmitted via the endomysium. This will
reduce the load on the injured site allowing repair with less
chance of rerupture. In the case that not the muscle fibers but
the tendon is fully or partially torn, connective tissue linkages
with adjacent structures may in a similar fashion prevent
further trauma and facilitate the recovery process. Such
adhesions have been reported in chronically tenotomized
muscle in the rat, cat, and rabbit [50–52], which ultimately
results in reattachment of the tendon. Nonsurgical treatment
(e.g., immobilization at low length) is also frequently applied
following tendon ruptures in humans (e.g., [53]). Preserving
and restoring function after injury clearly is important in
wild animals and will be selected for. In contrast to humans,
where the damage can be treated in a hospital, most animals
must maintain some degree of function while the muscle-
tendon injury heals.

Epimuscular myofascial transmission may also be impor-
tant during reconstructive surgery. Several surgical interven-
tions include manipulation of tendon, muscle, and/or the
surrounding connective tissues (e.g., fasciotomy in compart-
ment syndrome, tendon transfer in cerebral palsy). In tendon
transfer surgery limb function is improved in a patient
by cutting and reattaching a tendon to a new insertion
point (e.g., [54]). Preliminary results suggest that scar
tissue formation following an agonist-to-antagonist tendon
transfer in the rat significantly affects transmission of forces
from the transferred muscle [55]. Therefore, knowledge of
the acute and long-term effects of disrupting connective
tissues has important implications for surgical practice.

3. Conclusions

In the last decade, the potential of force transmission
between skeletal muscles via inter- and extramuscular con-
nective tissues has been demonstrated. Investigators have
definitively shown that epimuscular pathways can transmit
substantial force. More recent efforts have resulted in
new insights regarding effects of epimuscular myofascial
force transmission in more physiologically relevant muscle
conditions (e.g., in vivo relative muscle movements). While
not conclusive, these insights suggest that the role of this
pathway may be small in normal undamaged muscles.
Future studies should investigate force transmission during
muscle activation patterns that resemble those of normal
movements. In particular, effects of decreasing the number
of muscles that are active simultaneously on the mechan-
ical connectivity between muscles need to be investigated.
Furthermore, the material properties of the connective
tissue links need to be characterized. A full understanding
requires knowing how the deformation of the border of a
muscle affects the strain throughout the muscle. While the
significance of epimuscular myofascial force transmission for
muscle function in vivo remains unclear, potential functions
for pathological muscle-tendon conditions (e.g., tendon
rupture) have emerged.
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[48] M. Kääriäinen, T. Järvinen, M. Järvinen, J. Rantanen, and H.
Kalimo, “Relation between myofibers and connective tissue
during muscle injury repair,” Scandinavian Journal of Medicine
and Science in Sports, vol. 10, no. 6, pp. 332–337, 2000.
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Myosin binding protein C (MyBP-C) consists of a family of thick filament associated proteins. Three isoforms of MyBP-C exist
in striated muscles: cardiac, slow skeletal, and fast skeletal. To date, most studies have focused on the cardiac form, due to its
direct involvement in the development of hypertrophic cardiomyopathy. Here we focus on the slow skeletal form, discuss past
and current literature, and present evidence to support that: (i) MyBP-C slow comprises a subfamily of four proteins, resulting
from complex alternative shuffling of the single MyBP-C slow gene, (ii) the four MyBP-C slow isoforms are expressed in variable
amounts in different skeletal muscles, (iii) at least one MyBP-C slow isoform is preferentially found at the periphery of M-bands
and (iv) the MyBP-C slow subfamily may play important roles in the assembly and stabilization of sarcomeric M- and A-bands
and regulate the contractile properties of the actomyosin filaments.

1. Introduction

Myofibrils, the workhorses of skeletal muscle, consist of
interdigitating thick and thin filaments, and their associated
membrane systems [1]. Muscle contraction and relaxation is
mediated by the sliding of thick myosin filaments past thin
actin filaments, under the strict regulation of Ca2+ release
and reuptake via the sarcoplasmic reticulum (SR) [2]. In
addition to housing the basic thick and thin filaments, the
sarcomere also contains several accessory proteins that are
involved in the assembly, maintenance, and regulation of
contractile activity [1]. Myosin Binding Protein-C (MyBP-
C) comprises a family of accessory proteins that contributes
to the assembly and stabilization of thick filaments, and
regulates the formation of cross-bridges between myosin and
actin by interacting directly with both filamentous systems
(as reviewed in [3]).

MyBP-C was originally identified from mammalian
skeletal muscle as an impurity of isolated myosin. Using SDS-
polyacrylamide gel electrophoresis (SDS-PAGE), Star and
Offer were the first to separate a number of unidentified
myosin-associated proteins that were consistently found in
preparations of purified myosin [4]. MyBP-C, originally

termed C-protein for its location on SDS-PAGE as band
C, was further characterized as a myosin binding protein
of ∼140 kDa using a combination of biochemical methods,
ranging from gel filtration, to ammonium sulfate fraction-
ation and single molecule electron microscopy [4–6]. The
location of MyBP-C at striped intervals within the C-zone
of the A-band of skeletal muscle was first observed with X-
ray diffraction and immunoelectron microscopy [7], further
supporting its association with the thick myosin filaments.
Subsequent studies revealed that MyBP-C is arranged along
the length of the A-band in 7–9 transverse stripes that are
∼43 nm apart, with ∼2–4 molecules of MyBP-C associating
with each myosin cross-bridge [8–11].

The family of MyBP-C contains three isoforms: cardiac,
slow skeletal, and fast skeletal, which are encoded by separate
genes; in humans, these map to chromosomes 11, 12,
and 19, respectively [12, 13]. The different isoforms have
been cloned and sequenced from various species, including
human, chicken, rabbit and mouse, allowing a thorough
comparison of their molecular composition and primary
sequence [13–16]. An ∼65% identity is shared among the
individual isoforms across species, while an∼50% homology
is shared among the human cardiac, slow and fast forms.
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The core structure of MyBP-C is composed of seven
immunoglobulin (Ig) domains and three fibronectin type
III (Fn-III) repeats, numbered from the NH2-terminus as
C1–C10 [17]. The C1 domain is flanked by two unique
motifs, one enriched in proline and alanine residues, termed
proline/alanine rich motif and a conserved linker, referred
to as MyBP-C motif. Notably, the cardiac isoform possesses
three additional features, which are absent from the skeletal
forms of the protein. These include an Ig domain at
the extreme NH2-terminus of the molecule, termed C0, a
unique 9-residues long insertion within the MyBP-C motif
containing phosphorylation sites necessary for the protein’s
regulatory role in contraction, and a 28-amino acids long
loop in the middle of the C5 domain [12, 16].

In mammals, cardiac MyBP-C is expressed early in
development, along with titin and myosin [18, 19]. The
skeletal isoforms of MyBP-C, however, are detected later
in development, after the expression of titin and myosin,
with the expression of slow MyBP-C preceding that of fast
[18, 20]. By contrast, in chicken skeletal muscles the slow
and fast isoforms appear concurrently at the end of late
embryogenesis [21]. As development proceeds, though, the
amounts of the slow form diminish, while the expression
of the fast form persists through adulthood [21]. The fast
and slow skeletal isoforms have been shown to coexpress
in the same muscle type and can even coexist in the same
sarcomere; expression of the cardiac isoform, however, is
restricted to the developing and mature heart [15, 18, 22–24].
Interestingly, a recent study demonstrated that the expression
of MyBP-C slow is not restricted to skeletal muscle but is also
evidenced in the right atrium and interatrial septum of adult
mammalian cardiac muscle [25].

To date, much of our knowledge on the molecular
properties and functional activities of MyBP-C originates
from the numerous studies that focus on the cardiac isoform.
The reader is referred to excellent reviews discussing the
structure of cardiac MyBP-C, its key roles in maintaining
the normal structure of thick filaments and regulating cross-
bridge cycling, and its involvement in the development of
hypertrophic cardiomyopathy [3, 26, 27]. Here, we will focus
on the slow form(s) of MyBP-C found in skeletal muscles. We
will review past and current literature, discuss its role in the
organization and stabilization of thick filaments, and provide
evidence that MyBP-C slow comprises a subfamily of four
alternatively spliced proteins that are expressed in variable
amounts in slow and fast twitch skeletal muscles.

2. Materials and Methods

2.1. Reverse Transcription-Polymerase Chain Reaction. Total
RNA was isolated with Trizol reagent (Invitrogen, Carls-
bad, CA) from P1 rat skeletal myotubes cultured for
seven days and from adult rat extensor digitorum longus
(EDL), flexor digitorum brevis (FDB), tibialis anterior (TA),
gastrocnemius (gastroc), quadriceps (quad), and soleus
muscles. Aliquots containing ∼5 μg of RNA were reverse
transcribed using the Superscript First Strand Synthesis
System for RT-PCR (Invitrogen, Carlsbad, CA) following the

manufacturer’s instructions. PCR amplification of MyBP-
C slow transcripts was performed with primer sets that
flanked each of the three insertions; for the NH2-terminal
insert: Forward-1 (F1): 5′ CCAGAACCCACTAAGAAAG 3′

and Reverse-1 (R1): 5′ GATCCTCGAGGTGCACTT CAA-
GATCAA 3′, for the insert within Ig7: Forward-2 (F2):
5′ GATCGAATTCAGCCC TCCTACTCTT 3′ and Reverse-
2 (R2): 5′ GATCCTCGAGGGGCTCGCTGGCACCA 3′ and
for the COOH-terminal insert: Forward-3 (F3): 5′ CACC-
CATGTTTACTCAACCCT 3′ and Reverse-3 (R-3) 5′ GTGA-
CAATATACATTGAA 3′. To amplify the COOH-terminal
insert from EDL and TA muscles, it was necessary to
reamplify 0.5 μL of the original PCR for an additional 30
cycles for a total of 80 cycles. All other PCRs were carried out
for 50 cycles. PCR products were analyzed by electrophoresis
in 1% agarose gels and their authenticity was verified by
sequence analysis.

2.2. Generation of Protein Lysates from P1 Myotubes and Adult
Rat Muscle. Homogenates of P1 myotubes cultured for seven
days as well as of EDL, FDB, TA, gastrocnemious, quadriceps
and soleus muscles of adult Sprague-Dawley rats (Zivic-
Miller Laboratories, Zelienople, PA) were prepared at RT
with a Brinkman Polytron homogenizer at setting 3 (VWR,
West Chester, PA) in 10 mM NaPO4, pH 7.2, 2 mM EDTA,
10 mM NaN3, 120 mM NaCl, 0.5% deoxycholate, 0.5% NP-
40, supplemented with Complete protease inhibitors (Roche,
Indianapolis, IN). Each sample (∼60 μg) was solubilized in
4xNuPAGE reducing sample buffer (Invitrogen, Carlsbad,
CA) at 90◦C for 5 minutes, fractionated by 4–12% SDS-
PAGE BisTris gel using MES running buffer (Invitrogen,
Carlsbad, CA), transferred to nitrocellulose and probed with
an antibody that recognizes the slow forms of MyBP-C
(300 ng/mL, Abnova) or with an antibody that specifically
recognizes the COOH-terminal insert [28]. After incubation
with the appropriate secondary antibodies, immunoreactive
bands were visualized with a chemiluminescence detection
kit (Tropix, Bedford, MA).

2.3. Immuno-Electron Microscopy. Immuno-electron mi-
croscopy was performed as previously described with minor
modifications [29, 30]. Briefly, adult mouse FDB skeletal
muscle was fixed both in situ, via whole animal perfusion-
fixation and ex vivo with 2% paraformaldehyde in PBS.
Samples were snap-frozen in a slush of liquid N2, cryosec-
tioned (∼20 μm thick), and incubated overnight at 4◦C
with the antibody that specifically recognizes the COOH-
terminal insert of MyBP-C slow. Samples were incubated
with secondary goat antirabbit IgG adsorbed on 1 nm
gold particles (Nanoprobes Incorporated; Yaphank, NY)
and subsequently with fluorescein-conjugated antigoat IgG
(Jackson ImmunoResearch Laboratories Inc., West Grove,
PA). Samples were enhanced with silver (HiQ Silver Kit,
Nanoprobes) for 5 minutes, fixed overnight at 4◦C in
2% gluteraldehyde and 5 mg/mL tannic acid in 0.2 M
cacodylate buffer and postfixed with 50 mM acetate buffer
1% osmium tetroxide. They were further stained en bloc
for 2 hours with 1% uranyl acetate in 65% ethanol,
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dehydrated, and embedded in araldite (Electron Microscopy
Sciences, Fort Washington, PA). Ultrathin (60–90 nm) sec-
tions were prepared with an MT5000 ultramicrotome (LKB
instruments Inc., Gaithersburg, MD), mounted on grids,
labeled with 1% uranyl acetate followed by Reynolds lead
citrate, and examined with a Philips-201 electron micro-
scope.

3. Results and Discussion

3.1. MyBP-C Slow: A Subfamily of Proteins. To date, four
different MyBP-C slow transcripts have been identified in
human skeletal muscle referred to as variants 1–4 (Figure 1;
accession numbers NM 002465, NM 206819, NM 206820,
and NM 206821, respectively). The four variants differ from
one another at three regions, due to alternative splicing
events that result in inclusion of exons 3 and 4 in the
proline/alanine-rich motif, exon 23 in the Ig7 domain and
exon 31 at the extreme COOH-terminus (Figure 1(a)); these
encode novel sequences of 25 (Figure 1(b)), 18 (Figure 1(c)),
and 26 (Figure 1(d)) amino acids, respectively. Analysis of
the primary sequence of the four MyBP-C slow variants
indicated that variants 1 and 2 contain the NH2-terminal
insertion located in the proline/alanine rich motif, variant 3
carries the insertion within domain Ig7, while variant 1 also
contains the unique COOH-terminal region (Figure 1(a)).
Notably, variant 3 is the prototypical human isoform of
MyBP-C slow that was characterized by Furst and colleagues
in 1992 [14].

To study the relative expression of the four MyBP-C
slow transcripts in different rat skeletal muscles, we used
RT-PCR analysis to amplify the unique regions described
above. To this end, we prepared cDNAs from a panel of adult
and developing rat skeletal muscles that contained distinct
compositions of slow and fast twitch skeletal myofibers.
These included extensor digitorum longus (EDL; ∼90 : 10,
fast : slow; [31, 32]), flexor digitorum brevis (FDB; ∼80 : 20,
fast : slow; [33]), tibialis anterior (TA; ∼70 : 30, fast : slow;
[34]), gastrocnemius (gastroc; ∼40 : 60, fast : slow; [35]),
quadriceps (quad; ∼60 : 40, fast : slow; [36]), soleus (20 : 80,
fast : slow, [35]), and hindlimb skeletal myotubes of postnatal
day 1 (P1) rat pups (Figure 2). Primer sets were designed
to flank each of the three novel insertions (Figures 2(a)–
2(c), cartoons in the upper left corner). Amplification of
two PCR products with distinct sizes within each reaction
indicated the presence of a mixed population of transcripts
that contained (larger size product) and lacked (smaller
size product) the respective insertion. On the contrary,
amplification of one PCR product indicated the presence
of a homogeneous population of transcripts that either
included or excluded the corresponding insertion, depending
on its size. Accordingly, PCR products that carry the NH2-
terminal, Ig7 and COOH-terminal inserts would be ∼600,
∼310, and ∼350 nucleotides long, respectively, whereas PCR
products that lack them would be ∼530, ∼260, and ∼290
nucleotides long, respectively.

All skeletal muscles examined, independent of their fiber
type composition, contained sufficient amounts of MyBP-C

slow transcripts to be amplified by conventional RT-PCR.
Figure 2(a) shows the results following amplification of the
NH2-terminal insertion located within the proline/alanine
rich motif. All muscle samples express MyBP-C slow tran-
scripts that include the NH2-terminal insert, albeit to varying
degrees, as seen by the presence of an ∼600 nts amplicon
(Figure 2(a), upper band). This finding suggested that all
muscles tested express variants 1 and/or 2, with EDL, TA,
and soleus containing the highest amounts. Notably, all seven
muscles also contain different amounts of transcripts that
lack the NH2-terminal insert, as shown by the presence
of an ∼530 nts product, indicating that they also express
variants 3 and/or 4, with FDB showing the highest levels
(Figure 2(a), lower band). Contrary to EDL, TA, soleus,
and FDB that appear to preferentially contain MyBP-C
slow variants that either include (EDL, TA and soleus) or
exclude (FDB) the NH2-terminal insert, gastroc, quad, and
P1 myotubes show similar amounts of both amplification
products, suggesting that transcripts possessing and lacking
the NH2-terminal insert may exist in similar levels within
these muscles (Figure 2(a) lanes 4-5 and 7).

Next, we extended our analysis to the second novel
insertion located within Ig7. As before, our primers set was
designed to amplify MyBP-C slow variants that contained or
skipped the Ig7 insert. Only soleus and P1 myotubes possess
transcripts that include the unique insertion within Ig7, as
indicated by the presence of an ∼310 nts band (Figure 2(b),
lanes 6 and 7, upper band), corresponding to variant 3. As
expected, all skeletal muscles tested contained transcripts
that lack the Ig7 insertion, as shown by the amplification
of an ∼260 nts product, representing variants 1, 2 and/or 4.
Thus, variant 3 is restricted to soleus muscle and developing
myotubes.

Last, we generated the appropriate primers to amplify
the region flanking the COOH-terminal insert of MyBP-
C slow. With the exception of quadriceps muscle, all other
muscles tested, contained an amplification product of ∼350
nucleotides, that includes the novel COOH-terminal insert
detected only in variant 1, with soleus and FDB showing the
highest amounts (Figure 2(c), lanes 6 and 2, upper band).
A second amplification product of ∼290 nucleotides was
also detected in all seven muscles, which lacks the unique
COOH-terminal insertion, present in variant 1, but includes
the common COOH-terminal region shared by variants 2, 3,
and 4 (Figure 2(c), lower band).

The RT-PCR data is summarized in Table 1. Taken
together, our results suggest that: (i) mRNA encoding MyBP-
C slow is present in all skeletal muscles examined, regardless
of fiber type composition or age, and (ii) complex alternative
shuffling of the single MyBP-C slow gene in the various
muscles results in the differential expression of the four
MyBP-C slow isoforms.

To correlate the mRNA expression of the transcripts
that contain or lack the three novel insertions, as seen
by the RT-PCR, to the expression of the proteins that
they encode, we used western blot analysis. Homogenates
from EDL, FDB, TA, gastroc, quad, soleus, and P1 skeletal
myotubes were separated on 4–12% gradient gel, which
our laboratory has previously shown to provide optimal
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C1 C2 C3 C4 C5 C6 C7 C8 C9 C10

C1 C2 C3 C4 C5 C6 C7 C8 C9 C10

C1 C2 C3 C4 C5 C6 C7 C8 C9 C10

C1 C2 C3 C4 C5 C6 C7 C8 C9 C10

Variant 1 : 131.7 kDa

Variant 2 : 129.1 kDa

Variant 3 : 128.3 kDa

Variant 4 : 126.5 kDa

(a)

-EEEVSPPSALPPGLGSRALERKDSD-

-GATGAAGAGGAAGTCTCCCCGCCTAGCGCCTTGCCTCCAGGTTTGGGTAGTCGGGCCCTGGAGAGAAAAGATTCA-

NH2-terminal insert

C1

Exon 3 Exon 4

(b)

-STSAKQSDENGEAAYDLPA-

-AGTACATCAGCAAAACAGTCTGATGAAAATGGGGAGGCTGCCTATGATCTGCCAGCT-

Ig7 insert

C7

Exon 23

(c)

-IYQGVNTPGQPVFLEGQQQSLHNKDF-

-GATATATCAAGGAGTAAATACCCCTGGACAACCAGTCTTCCTGGAGGGGCAGCAACAGTCATTGCACAATAAGGATTTT-

COOH-terminal insert

C10

Exon 31 Exon 32

(d)

Figure 1: (a): Schematic representation of MyBP-C slow variants 1–4, showing their common structural motifs and novel insertions; white
and grey ovals represent Ig and FN-III domains, respectively, while green, yellow, and red rectangles correspond to the NH2-terminal, Ig7,
and COOH-terminal inserts, respectively. The NH2-terminal insert is present in variants 1 and 2, while the Ig7 and COOH-terminal inserts
are present in variants 3 and 1, respectively. Variant 4 does not contain any of the three inserts. (b–d): Complex alternative splicing events
result in the inclusion of exons 3 and 4, exon 23 and exon 31 that encode the NH2-terminal (b), Ig7 (c), and COOH-terminal (d) novel
insertions. The amino acid and nucleotide compositions of the three insertions are shown.

separation of the MyBP-C slow isoforms (see Section 2,
and [28]). Homogenates were probed with a commer-
cial antibody that recognizes a region within domain C5
common to all MyBP-C slow variants (Figure 3(a)). We
were able to resolve at least 3 immunoreactive bands
based on their distinct electrophoretic mobilities. The top
band may represent variant 1 (∼132 kDa, Figure 3(a), top
panel, marked with a blue dot), the middle band may
correspond to variants 2 and/or 3 (∼129 and ∼128 kDa,
respectively, Figure 3(a), top panel, denoted with a red dot),
and the bottom band may represent variant 4 (∼126 kDa,
Figure 3(a), top panel, marked with a green dot). The
cartoon shown in the bottom panel of Figure 3(a) illustrates
a representative image of several western blots, analyzed at

varying exposure times. The dotted lines indicate immunore-
active bands that only become evident after periods of long
exposure.

Consistent with the RT-PCR data, our immunoblots
also demonstrated the presence of at least one form of
MyBP-C slow in each skeletal muscle tested. EDL and
gastrocnemious possess three immunoreactive bands with
the most prominent being the middle one (Figure 3(a), lanes
1 and 4). FDB also contains three distinct bands, however,
the top and middle bands appear to be of similar intensities
and occasionally appear as a broad, single band (Figure 3(a),
lane 2). Similar to FDB, TA also shows two closely migrating
bands, but lacks the bottom one (Figure 3(a) lane 3).
Contrary to the rest of the muscles analyzed, quadriceps
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Figure 2: RT-PCR analysis using cDNA generated from developing
and adult rat extensor digitorum longus (EDL), flexor digitorum
brevis (FDB), tibialis anterior (TA), gastrocnemius (gastroc),
quadriceps (quad) and soleus skeletal muscles and primer sets
designed to flank the NH2-terminal (a), Ig7 (b), and COOH-
terminal (c) insertions. A schematic representation of the amplified
region is shown in the upper left corner of each panel. White
and grey ovals depict Ig and FN-III domains, respectively, while
the 3′ UTR is shown as a black line. The zig-zag lines denote the
three novel insertions. In each amplification reaction, the top band
corresponds to transcripts that include the insertion of interest,
whereas the bottom band corresponds to transcripts that lack it. (a):
All skeletal muscles tested contain a mixed population of MyBP-C
slow variants that contain and lack the NH2-terminal insertion, as
indicated by the presence of two amplification products. (b): On the
contrary, only soleus and developing myotubes express transcripts
that include the Ig7 insertion. (c): With the exception of quadriceps
muscle that only contains MyBP-C slow variants that lack the
COOH-terminal insertion, all other muscles examined contain a
mixed pool of transcripts that carry and lack the novel COOH-
terminal insertion.

appears to contain only the middle band, although, the
bottom one becomes evident after long exposure times
(Figure 3(a) lane 5). Soleus expresses high amounts of the
upper and lower bands, but moderate to low amounts of
the middle one (Figure 3(a) lane 6). Finally, developing P1
skeletal myotubes show only one immunoreactive band with
the same mobility as the top one, however, following longer
exposure, the middle immunoreactive band is also apparent
(Figure 3(a) lane 7).

Table 1: Tabulated summary of the RT-PCR data shown in
Figure 2. The plus (+) and minus (−) signs denote the presence
or absence of mRNAs encoding the three regions of interest,
respectively; the relative abundance of the respective transcripts is
illustrated by the number of plus signs.

Muscle Type NH2-insert Ig7-insert COOH-insert

Extensor Digitorum Longus ++ − +

Flexor Digitorum Brevis + − ++

Tibialis Anterior + + + − +

Gastrocnemius ++ − +

Quadriceps ++ − −
Soleus + + ++ + + + +

P1 Myotubes + + + ++ +

We also probed the same muscle homogenates with
an antibody that is specific for the COOH-terminal insert
and therefore only recognizes MyBP-C slow variant 1
(Figure 3(b)). With the exception of quadriceps, all of the
other muscles were immunopositive for variant 1. This
finding is in agreement with our immunoblot data shown
in panel A, and the RT-PCR analysis shown in Figure 2(c),
which revealed that quadriceps was the sole muscle to
lack the top immunoreactive band (i.e., variant 1) and
the COOH-terminal insert, respectively. Notably, MyBP-C
slow variant 1 appears to be expressed more abundantly in
soleus muscle and least prominently in developing myotubes,
while the remaining muscles tested contained intermediate
amounts. The slight differences in the sizes of the bands
detected in the different muscles are likely due to posttrans-
lation modifications, as it has previously been shown that
MyBP-C slow is capable of phosphorylation [37, 38].

Taken together, our RT-PCR and immunoblotting data
(summarized in Table 2) clearly indicate that all skeletal mus-
cles tested, apart from quadriceps, express variant 1, albeit to
different extents, with soleus and FDB containing the highest
amounts. Variants 2 and 3 have complementary expression
profiles, with variant 2 being preferentially expressed in
muscles that have a higher composition of fast twitch fibers,
such as EDL, FDB, TA, gastrocnemious and quadriceps, and
variant 3 being selectively present in slow twitch muscles,
like soleus, and developing myotubes. Finally, variant 4 is
detected in all muscles examined, with the exception of TA
and developing myotubes. It therefore appears that different
forms of MyBP-C slow are present within the same muscle,
independently of its fiber type composition, developmental
stage, or age.

3.2. MyBP-C at the A-band. Early studies have confirmed
the direct interaction between MyBP-C and myosin and
identified the sites of binding on both proteins. The light
meromyosin (LMM) region of the myosin rod, that forms
the backbone of the thick filament, binds the COOH-
terminal C10 region of all three MyBP-C isoforms [39–41].
Positively charged residues on the surface of the C10 domain
mediate binding to LMM [42], however, the interaction
is significantly strengthened by the presence of the C8



6 Journal of Biomedicine and Biotechnology

. .. . ... . .

. .... ..
150 kDa

Variant 1
Variant 2 or 3

Variant 4

α-MyBP-C slow

E
D

L

FD
B

TA G
as

tr
oc

Q
u

ad

So
le

u
s

P
1

m
yo

tu
be

s

(a)

150 kDa

α-MyBP-C slow variant 1

E
D

L

FD
B

TA G
as

tr
oc

Q
u

ad

So
le

u
s

P
1

m
yo

tu
be

s

(b)

Figure 3: Western blot analysis of protein homogenates prepared
from rat skeletal muscles and blotted with antibodies to the fifth Ig
domain that recognize all MyBP-C slow variants (a) or to the novel
COOH-terminal insertion that specifically recognizes variant 1 (b).
(a) Top panel: With the exception of quadriceps, all other muscles
express variant 1, represented by the upper most band, marked by
a blue dot. All adult skeletal muscles tested, but not the developing
myofibers, express variants 2 and/or 3, corresponding to the band
with the intermediate mobility, and denoted with a red dot. As
variants 2 and 3 have similar molecular weights (129 and 128 kDa,
respectively), it is not feasible to separate them in the current gel
system. Moreover, variant 4 is detected in homogenates prepared
from EDL, FDB, gastrocnemious, and soleus, and is represented by
the lower immunoreactive band, marked with a green dot. Bottom
panel: A cartoon showing the presence of the different MyBP-C
slow variants in developing and adult skeletal muscles. Dotted lines
correspond to immunoreactive bands, which are evident only after
long exposure times. (b) In agreement with the immunoblot shown
in panel (a), antibodies specific for the novel COOH-terminal insert
demonstrated that EDL, FDB, TA, gastrocnemious, soleus, and P1
skeletal myotubes express variant 1, with soleus containing the
highest amounts.

and C9 regions. Another interaction between the MyBP-
C motif, located at the NH2-terminus of MyBP-C and
subfragment 2 (S2) of myosin has been also identified, albeit
of weaker affinity [43]. In addition to binding myosin, MyBP-
C associates with actin, in a Ca2+ dependent manner, through
its NH2-terminal proline/alanine rich motif [44–46]. The
ability of MyBP-C to directly interact with both myosin
and actin facilitates its role as a regulator of cross-bridge
formation during contraction. Interestingly, at low ionic
strength MyBP-C inhibits actomyosin ATPase activity, while
at higher ionic strength it acts as a mild activator [47, 48].

In addition to myosin, MyBP-C also associates with titin
at the A-band [14, 49–51]. The COOH-terminal C8-C10

Table 2: MyBP-C slow variants 1–4 are present in varying amounts
in different skeletal muscles. A plus (+) sign indicates the presence
of the respective variant in a select muscle. The relative abundance
of variants 1–4 in the skeletal muscles tested is illustrated by the
number of plus signs.

Muscle Type Variant 1 Variant 2 Variant 3 Variant 4

Extensor Digitorum
Longus

++ + + + — ++

Flexor Digitorum
Brevis

+ + + ++ — ++

Tibialis Anterior ++ ++ — —

Gastrocnemius + + — +

Quadriceps — ++ — —

Soleus + + ++ — + + + +

P1 Myotubes ++ — + —

domains of MyBP-C directly bind to the 11-domain super-
repeat [Ig-(FN-III)2-Ig-(FN-III)3-Ig-(FN-III)3] present in
the C-zone portion of titin, and specifically the first Ig
domain, although flanking motifs further strengthen the
interaction [52, 53]. Notably, the arrangement of MyBP-
C in 11 transverse stripes at regular intervals of ∼43 nm
corresponds to that of the 11-domain super-repeat of
titin, to which MyBP-C binds. Consequently, It has been
suggested that binding to titin’s super-repeats specifies the
subsarcomeric distribution of MyBP-C in the C-zone of the
A-band [52].

Recent studies have proposed that MyBP-C forms a
trimeric “collar” around each thick filament in which
domains C5–C7 of one molecule overlap with domains C8–
C10 of the neighboring molecule [54, 55]. In vitro binding
studies using the respective peptides postulated that this
arrangement might apply to the cardiac and fast skeletal
isoforms, but not the slow isoform. Interestingly, for these
studies Flashman and coworkers generated a recombinant
protein that contained domains C8–C10, present in all
four slow variants, followed by the novel COOH-terminal
insertion, present only in variant 1. It is, therefore, possible
that the presence of the COOH-terminal 26-amino acids may
inhibit binding of the C8–C10 domains of variant 1 to the
C5–C7 domains of the neighboring molecule of MyBP-slow.
Indeed, this is consistent with our recent studies indicating
that variant 1 is preferentially localized at the periphery of
the M-band [28]. Conversely, an interaction between the
respective motifs present in variants 2–4 is likely, as these
contain a short COOH-terminus following domain C10 that,
similar to the cardiac and fast isoforms, consists of four
amino acids.

Through its interactions with myosin and titin, MyBP-
C contributes to the stabilization and maintenance of the
sarcomeric A-band. In vitro studies indicate that myosin
filaments are capable of forming in the absence of MyBP-
C, however, its addition results in increased filament length,
and improved structure and uniformity across the filament
[40, 56, 57]. Additionally, in vivo deletion of the myosin
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Figure 4: Ultrathin cryo-sections of adult mouse FDB skeletal muscle were labeled with antibodies specific for the COOH-terminal insertion
present in MyBP-C slow variant 1. (a) Variant 1 was detected at the periphery of the M-band (arrows). The boxed area in (a) is blown up in
(b) for ease of visualization of the immunolabeling. Scale bar corresponds to 0.5 μm.

and titin binding sites on MyBP-C results in disorganized A-
bands [58, 59]. Consistent with this, the C8–C10 domains
that harbor the binding sites for myosin and titin are
deleted in patients suffering from familial hypertrophic
cardiomyopathy [3, 60, 61]. Interestingly, though, normal
A-bands are formed in animals deficient of cardiac MyBP-
C [62, 63], suggesting the presence of a compensatory
mechanism that maintains the myosin and titin filaments
within the A-band of the sarcomere. Taken together, these
studies suggest that MyBP-C, through its direct interaction
with myosin and titin, and possibly its self-association, may
stabilize the sarcomeric A-band.

In addition to maintaining the structure of thick fil-
aments, MyBP-C may also play key roles in regulating
contractile function by modulating the rate of cross-bridges
formation. Consistent with this, in cardiomyocytes lacking
MyBP-C, actomyosin filaments exhibited increased power
output during contraction and faster rates of force develop-
ment at half maximal Ca2+ activation [64]. Reintroduction of
the NH2-terminal region of cardiac MyBP-C, containing the
myosin S2 binding site (i.e., domains C1 and C2), enhanced
Ca2+ sensitivity and restored the contractile properties of the
null cardiocytes to normal levels [65], suggesting that car-
diac MyBP-C contributes to the regulation of myofilament
tension and their cycling rates.

Contrary to the cardiac isoform that has been directly
implicated in the regulation of the contractile properties
of cardiomyocytes (reviewed in [3]), studies focusing on
the function of the skeletal forms of MyBP-C are limited.
However, early studies have suggested that the role of MyBP-
C in skeletal muscle likely parallels that of the cardiac isoform
[66]. Consistent with this, the amounts of MyBP-C slow were
recently found significantly increased in EDL muscles from a
mouse model in which the kinase domain of titin was deleted
[67]. Deficient EDL muscles exhibited reduced myofilament
Ca2+ sensitivity and altered contractile properties, which
were restored to normal levels upon extraction of MyBP-C
slow. Contrary to the slow form of MyBP-C, the fast form
was significantly downregulated in the same muscles, while
the expression levels of other proteins of the A- and M-
bands remained unaffected. It is, therefore, likely that the

kinase domain of titin affects the expression of genes involved
in the regulation of myofilament Ca2+ sensitivity and force
production. Experimental evidence has therefore started to
emerge suggesting a key role for the skeletal forms of MyBP-
C in modulating contractility, too.

3.3. Mybp-C Slow Variant 1 Selectively Concentrates at the M-
Band. The presence of MyBP-C slow at the C-zones of the
A-band has been studied extensively during the last three
decades [3, 26, 68]. Recent studies from our laboratory,
however, have provided evidence that at least one form of
MyBP-C slow, specifically variant 1, has a unique topogra-
phy in the muscle cell [28]. Detailed immunofluorescence
studies combined with confocal microscopy demonstrated
that MyBP-C slow variant 1 is selectively localized at the
periphery of the M-band in adult rat soleus muscle [28].
The unique localization of MyBP-C slow variant 1 is further
supported by our ultrastructural studies, shown in Figure 4.
Immunolabeling of ultrathin cryosections prepared from
adult mouse FDB muscle with antibodies to the unique
COOH-terminus of variant 1 also demonstrated that it pref-
erentially concentrates at the edges of the sarcomericM-band
(Figures 4(a)–4(b), arrowheads). Thus, it appears that the
different MyBP-C slow isoforms have distinct distributions
in skeletal myofibers, with variants 2–4 localizing at the A-
band and variant 1 at the M-band.

At the M-band, MyBP-C slow variant 1 interacts with
obscurin and four and a half lim protein 1 (FHL1) [28, 69].
The second Ig domain of obscurin and the last Ig domain
of MyBP-C slow variant 1 are both necessary and sufficient
to support their interaction, however, binding is enhanced
significantly in the presence of the novel 26 amino acids
at the COOH-terminus of variant 1. Overexpression of the
second Ig domain of obscurin in primary cultures of skeletal
myotubes inhibited the integration of MyBP-C slow variant
1 at the M-band and severely disrupted the formation of
M- and A-bands. These findings suggested that variant 1
might contribute to the assembly and integrity of these
structures via its interaction with obscurin and possibly
other proteins. Similarly, McGrath et al. also demonstrated
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that overexpression or downregulation of FHL1, which is
localized at the A-I junction and the M-band, in adult
mouse soleus muscle resulted in impaired thick filament
assembly, which was accompanied by reduced sarcomeric
incorporation of different forms of MyBP-C slow, including
variant 1 [69].

3.4. MyBP-C Slow in Muscle Disease. Mutations within the
cardiac isoform of MyBP-C cause familial hypertrophic
cardiomyopathy (reviewed in [70, 71]). To date, there are
no muscle diseases causally associated with mutations in
the transcripts of the skeletal forms of MyBP-C. However,
changes in the expression levels of the skeletal isoforms
have been reported in hypertrophic and dystrophic skele-
tal muscles. The expression levels of MyBP-C slow were
significantly increased in rat plantaris muscle induced to
hypertrophy by surgical ablation of the neighboring soleus
and gastrocnemius muscles, whereas the amounts of MyBP-
C fast were dramatically decreased [72]. Likewise, the protein
levels of MyBP-C slow were increased in both chicken and
mouse dystrophic skeletal muscles [20, 24]. Further research
is required in order to understand the molecular mechanisms
that lead to the differential regulation of the skeletal forms
of MyBP-C in these models, and their potentially unique
roles in regulating the formation and activity of contractile
structures.

4. Summary and Future Perspectives

MyBP-C slow comprises a subfamily of at least four isoforms
that result from complex alternative splicing of the single
MyBP-C slow gene. The presence of the four MyBP-C slow
variants is not restricted to slow-twitch muscles, as select
isoforms are abundantly expressed in fast-twitch muscles,
too, where they may coexist with MyBP-C fast. More impor-
tantly, the four isoforms of MyBP-C slow may be coexpressed
in the same muscle, fiber or sarcomere, where they may
exhibit unique topographies concentrating either at A-bands
(variants 2, 3, and 4) or M-bands (variant 1). Previous and
current findings strongly favor a structural role for MyBP-
C slow at the sarcomeric A- and M-bands, and point to
a regulatory role on muscle contraction. Consequently, the
detailed characterization of the biochemical and biophysical
properties of the four MyBP-C slow variants, and the
development of the appropriate molecular tools and animal
models are imperative in order to study the cell biology and
functional properties of this intricate subfamily of proteins.
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Molecular predisposition of postnatal ventricular myocardium to chamber-dependent (concentric or eccentric) remodeling
remains largely elusive. To this end, we compared gene expression in the left (LV) versus right ventricle (RV) in newborn piglets,
using a differential display reverse transcription-PCR (DDRT-PCR) technique. Out of more than 5600 DDRT-PCR bands, a total
of 153 bands were identified as being differentially displayed. Of these, 96 bands were enriched in the LV, whereas the remaining
57 bands were predominant in the RV. The transcripts, displaying over twofold LV-RV expression differences, were sequenced and
identified by BLAST comparison to known mRNA sequences. Among the genes, whose expression was not previously recognized
as being chamber-dependent, we identified a small cohort of key regulators of muscle cell growth/proliferation (MAP3K7IP2,
MSTN, PHB2, APOBEC3F) and gene expression (PTPLAD1, JMJD1C, CEP290), which may be relevant to the chamber-dependent
predisposition of ventricular myocardium to respond differentially to pressure (LV) and volume (RV) overloads after birth. In
addition, our data demonstrate chamber-dependent alterations in expression of as yet uncharacterized novel genes, which may
also be suitable candidates for association studies in animal models of LV/RV hypertrophy.

1. Introduction

Ventricular (or cardiac) remodeling is commonly defined as
a physiological or pathological process that can occur under
various conditions of pressure/volume overload. A common
feature of ventricular remodeling is hypertrophy of the
cardiomyocytes. The type of cardiac workload determines
the pattern of ventricular hypertrophy: volume overload
induces eccentric, while pressure overload induces con-
centric remodeling. Under various pathological conditions,
compensatory concentric hypertrophy can lead to eccentric
hypertrophy, dilatory ventricular remodelling, and heart
failure (reviewed in [1, 2]). The molecular signature of
concentric versus eccentric hypertrophy, although poorly
defined as yet, is nevertheless of critical relevance in cardiac
basic and clinical research [3–8].

The early neonatal heart is a conventional model for
the study of distinct patterns of ventricular hypertrophy
(i.e., concentric versus eccentric). At birth, cardiomyocytes

begin to enlarge in response to the demands of physiological
workload, as opposed to processes driven predominantly by
developmental mechanisms. Particularly, the left ventricle
(LV) is exposed to a higher-pressure overload in comparison
to the right ventricle (RV), which is exposed to a relatively
higher-volume overload. As a result, the LV undergoes rapid
concentric hypertrophy, while the RV undergoes eccentric
hypertrophy associated with dilatory RV-chamber remodel-
ing. Our previous data revealed differences in the expression
of cardiac ankyrin repeat domain 1 factor (ANKRD1/CARP)
between the LV and RV before the appearance of morpho-
logically identifiable signs of LV-concentric or RV-eccentric
hypertrophy in newborn piglets [9]. Other research reported
certain LV/RV-specific metabolic differences in normal and
ischemic newborn piglet heart [7]. We interpreted these
results as reflecting a certain type of molecular predisposition
of newborn ventricular myocardium to LV-concentric and
RV-eccentric remodeling during postnatal development.
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Figure 1: Heart dimensions (a and b) and left/right ventricular cross-sections (c and d) of newborn and 20-day-old piglets. LV/RV—
left/right ventricle. (a), (b) Levels of cross sections are shown by dotted lines. (c), (d) Boundaries of the LV/RV free wall are marked by white
arrows.

In the present study, we focused on large-scale transcrip-
tomic analysis to compare differences in gene expression
levels in the LV versus RV in newborn piglets. Given that
commercially available DNA microarray platforms suitable
for performing transcriptional profiling in pig are still poorly
developed, we conducted comparative LV versus RV gene
expression profiling in newborn piglets using mRNA differ-
ential display (DDRT-PCR). In addition, unlike microarray-
based platforms, DDRT-PCR can be used to detect expres-
sion changes in both known and novel transcripts including
alternate splice variants [10]. This approach allowed us (1) to
perform an unbiased assessment of genes which expression is
predominantly associated with piglet LV or RV myocardium
and (2) to distil a large body of expression data into a
discrete set of candidate genes for which regulation was not
previously recognized as being chamber-dependent. Further
studies on these differentially regulated genes will likely lead
to the identification of additional novel gene families and
pathways involved in the chamber-dependent response of
ventricular myocardium to a variety of physiological and
pathological stimuli.

2. Materials and Methods

2.1. Animals and Tissue Sampling. Animals were treated and
cared for in accordance with the European commission

directive 86/609/EEC on the protection of animals used for
experimental and other scientific purposes, and all animal
protocols were approved by the ethical research committee
of Galicia (Spain). Newborn (10–12 hours after birth) Large
White piglets were obtained from a local commercial breeder
(La Coruña, Galicia) and maintained in an automatic
nursery system (Nütinger System). The newborn and 20-
day-old animals were anaesthetized, the thoracic cavity was
opened through a median sternotomy, and the entire heart
was rapidly removed, weighed, and photographed while still
beating. Then the isolated heart was placed on an ice-cold
petri dish, partially sectioned at the midpoint of the LV
length and photographs of the open ventricular chambers
were taken (Figure 1). Immediately after this step, the LV and
RV free walls were dissected, flash frozen in liquid nitrogen,
and stored at −80◦C until study.

2.2. RNA Isolation. Deep-frozen tissue samples (100–
150 mg), encompassing the full thickness of the free wall
of the LV and RV ventricle, were directly disrupted in RLT
buffer (Qiagen) using a high-speed rotor-stator homogenizer
(Ultra-Turrax T8, Germany), digested with Proteinase K
(Qiagen), loaded onto a RNeasy Midi column (Qiagen),
subjected to on-column digestion of DNA with RNase-free
DNase (Qiagen) and the analysis proceeded in accordance
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with the manufacturer’s recommendations. Resulting RNA
preparations were ethanol-precipitated, resolved in RNase-
free water, and kept at −80◦C. RNA yield and purity was
determined spectrophotometrically at 260–280 nm and RNA
integrity was verified by running samples on 1.5% agarose
gels and staining with ethidium bromide.

2.3. Differential Display mRNA Analysis. The reverse
transcription-PCR differential display (DDRT-PCR) analysis
was performed as described [11] with minor modifications
[12]. To yield starting material for the DDRT-PCR, total
RNA preparations independently isolated from the LV and
RV of three newborn piglets were, respectively, pooled at
equal ratios, and 4 μg of RNA was reverse transcribed using
the SuperScript III (Invitrogen) and T7-oligo-dT primer.
Pooled first-strand cDNAs were amplified side-by-side by
PCR using 230 different primer combinations (10 two-base-
anchored oligo-dT and 23 arbitrary primers purified by
HPLC, Table 1).

Nontemplate (NT) and non-RT RNA (N-RT) template
reactions were used as negative controls. In each DDRT-
PCR set-up, reactions were performed at least in duplicate to
test whether differences in LV/RV gene expression are likely
to be real. PCR was performed, using the AmpliTaq DNA
polymerase (Invitrogen), under the following conditions:
initial denaturation (94◦C, 2 minutes), stage I (5 cycles,
each of which included: 94◦C, 30 seconds; 40◦C, 1 minute;
72◦C, 1 minute), stage II (25 cycles, each on which included:
94◦C, 30 seconds; 50◦C, 1 minute; 72◦C, 1 minute), and
final extension (72◦C, 10 minutes), sample store at 6◦C.
PCR-amplified products were subjected to fractionation on
8% polyacrylamide gels (PAAG) (Mini-Protean-III, Bio-
Rad) and fluorescently stained by SYBR Green I (Sigma).
Image acquisition and intensity of bands were estimated by
densitometry (VersaDoc 1000) and Quantity One software
(Bio-Rad). Differentially regulated amplification products
were defined as those bands that were similarly displayed at
least in two experimental replicates. Using a sharp, sterile
razor blade, a rectangular piece of gel corresponding to an
individual band of interest on the PAAG was excised and elec-
troeluted (D-tube Electroelution Kit, Novagen). After a short
centrifugation, the eluate was transferred to a clean tube.
The extracted DNA was used directly as the template for
PCR with T7 and M13 reamplification primers (see Table 1).
Cycling conditions were as described for DDRT-PCR except
stage I at 45◦C and stage II (20 cycles) at 55◦C. After
reamplification, each PCR reaction was electrophoresed
through a 1.5% agarose gel with ethidium bromide to assure
that the correct sized fragment was amplified. Reamplified
cDNA fragments were eluted (QIAquick Gel Extraction Kit,
Qiagen), cloned into pCRII-TOPO vector (Invitrogen), and
sequenced by (Secugen), (Madrid, Spain). The nucleotide
sequences obtained were compared with known sequences
by searching the GenBank database with BLAST algorithms.

2.4. Quantitative RT-PCR. Differential gene expression was
further confirmed by real-time quantitative PCR (qRT-PCR)
as described [13] using Bio-Rad IQ5 instrument and Bio-Rad

Table 1: Primers used in differential display RT-PCR analysis.

T7-Oligo(dT)

ACGACTCACTATAGGGCTTTTTTTTTTTTTT

two-base anchored oligo-dT antisense primers∗

H01 ACGACTCACTATAGGGCTTTTTTTTTTTTGA

H02 ACGACTCACTATAGGGCTTTTTTTTTTTTGC

H03 ACGACTCACTATAGGGCTTTTTTTTTTTTGG

H04 ACGACTCACTATAGGGCTTTTTTTTTTTTGT

H05 ACGACTCACTATAGGGCTTTTTTTTTTTTCA

H06 ACGACTCACTATAGGGCTTTTTTTTTTTTCC

H07 ACGACTCACTATAGGGCTTTTTTTTTTTTCG

H08 ACGACTCACTATAGGGCTTTTTTTTTTTTAA

H09 ACGACTCACTATAGGGCTTTTTTTTTTTTAC

H10 ACGACTCACTATAGGGCTTTTTTTTTTTTAG

10-mer arbitrary sense primers∗∗

A01 ACAATTTCACACAGGACGACTCCAAG

A02 ACAATTTCACACAGGAGCTAGCATGG

A03 ACAATTTCACACAGGAGACCATTGCA

A04 ACAATTTCACACAGGAGCTAGCAGAC

A05 ACAATTTCACACAGGAATGGTCGTCT

A06 ACAATTTCACACAGGATACAACGAGG

A07 ACAATTTCACACAGGATGGATTGGTC

A08 ACAATTTCACACAGGATGGTAAAGGG

A09 ACAATTTCACACAGGATAAGCCTAGC

A10 ACAATTTCACACAGGAGATCTCAGAC

A11 ACAATTTCACACAGGAACGCTAGTGT

A12 ACAATTTCACACAGGAGGTACTAAGG

A13 ACAATTTCACACAGGAGTTGCACCAT

A14 ACAATTTCACACAGGATCCATGACTC

A15 ACAATTTCACACAGGACTTTCTACCC

A16 ACAATTTCACACAGGATCGGTCATAG

A17 ACAATTTCACACAGGACTGCTAGGTA

A18 ACAATTTCACACAGGATGATGCTACC

A19 ACAATTTCACACAGGATTTTGGCTCC

A20 ACAATTTCACACAGGATCGATACAGG

A21 ACAATTTCACACAGGACAGGCAGCAG

A23 ACAATTTCACACAGGATATGGCGCCG

A24 ACAATTTCACACAGGAGCTGAACCGG

primers for reamplification of DD bands

T7 GTAATACGACTCACTATAGGGC

M13rev-48p AGCGGATAACAATTTCACACAGGA
∗Each anchor primer has T7 sequence (bold) on the 5′ end.
∗∗Each arbitrary primer has M13 sequence (bold) on the 5′ end.

SYBR Green Mix [14, 15]. Whenever possible, the primer
pairs were designed to be located in different exons of a given
sequence. Individual heart-matched LV/RV cDNAs isolated
from three newborn and three 20-day-old piglets were used
as templates. Each primer pair used yielded a single peak
of dissociation on the melting curve and a single band
with expected size on PAAG [12]. A negative NT and N-
RT controls were included in each reaction set. Detection
of ribosomal protein L19 (RPL19) mRNA was used to
normalize the expression of target mRNAs. The efficiency of
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Figure 2: Differential display (DDRT-PCR) analysis of gene expression in left/right ventricles (LV/RV) of newborn piglets. (a) Representative
gel images of DDRT-PCR bands amplified with three distinct sets of primer combinations (H07-A09, H08-A19, and H09-A19), showing
highly reproducible band patterns in each replicate. Nondenaturing 8% PAAG poststained with SYBR Green I. 200–2500 bp—DNA size
standards (GeneRuler DNA ladder mix, Fermentas). (b and c) Number and size distribution frequencies of bands generated by DDRT-PCR.

target and reference amplification was tested and found to
be approximately equal. Results were defined as the target
genes expression normalized against rpl19 gene expression
in both ventricles. Fold changes were calculated using the
CT method. Primer sequences and additional details on qRT-
PCR are available upon request.

2.5. Data Analysis. Values were expressed as means ± SEM.
mRNA expression was quantified using the comparative
threshold cycle method. Statistical analyses were performed
with the SPSS 13 software. A P value < .05 was considered to
be statistically significant.

3. Results

3.1. DDRT-PCR Analysis Allows Reliable Transcriptomic Pro-
filing of Ventricular Myocardium in Newborn Piglets. For
mammalian cells, it was calculated that 20 arbitrary in
conjunction with 12 anchored primers would statistically
amplify all mRNA sequences [16]. We used 23 arbitrary and

10 two-base-oligo(dT) anchored primers (Table 1), resulting
in 230 display primer combinations. A total of about 5,600
distinct cDNA fragments corresponding to genes expressed
in piglet LV/RV myocardium were detected. A representative
example of DDRT-PCR banding patterns is illustrated in
Figure 2(a).

The average number of bands generated by one primer
pair was 26, the minimum was 0, and the maximum was
44. About 70% of the primer pairs produced 20–40 bands
(Figure 2(b)). Size distribution analysis of cDNA bands
generated by DDRT-PCR revealed a minor fraction of short-
sized (100–300 nt) bands, while the fragments with a size
from 300 to 1,000 nt, which is a preferable choice for cloning
and sequencing, made up about 60% of all detected bands
(Figure 2(c)).

Taken together, the results indicated that under our
experimental conditions, transcript-banding patterns gen-
erated by DDRT-PCR could be sufficient for comparative
expression analysis of the LV versus RV myocardium of
newborn piglets.
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Figure 3: Examples of the bands, displaying over twofold LV versus RV expression differences in newborn piglets. The primer pairs used for
DDRT-PCR amplifications are shown. Nondenaturing 8% PAAG poststained with SYBR Green I. LV/RV: left/right ventricle. 200–2500 bp:
DNA size standards (GeneRuler DNA ladder mix, Fermentas). Arrows: the bands (D106, D137, D123, and D132), which correspond to the
transcripts differentially displayed between LV and RV. For further details see Table 2.

3.2. DDRT-PCR Profiling Identifies Differentially Expressed
Genes in the LV versus RV Myocardium of Newborn Piglets.
Direct side-by-side comparison of the mRNAs between the
LV and RV of the newborn piglet heart revealed that the
majority of profiled genes (97%) were similarly expressed in
both ventricles. Out of more than 5,600 DDRT-PCR bands
amplified by the primer combinations used, a total of 153
bands, ranging in size from 300 to 1,000 nt, were identified
as being qualitatively differentially displayed. Of these, 96
transcripts were enriched in the LV, whereas the remaining
57 were predominant in the RV.

Figure 3 illustrates the relative differential expression of
a representative set of bands in the LV as compared to the
RV myocardium. Once differentially displayed PCR products
were detected, the fragments which displayed over twofold
LV-RV expression differences (40 bands) were recovered
from gels, reamplified, cloned, and sequenced. The differen-
tial expression of these genes was further confirmed using
qRT-PCR analysis. In this manner, over 80% (32 bands)
of the selected bands were confirmed to be differentially
expressed in the two ventricular chambers of newborn piglets
(Table 2).
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Figure 4: Estimation of myostatin (MSTN) mRNA levels in the LV and RV of newborn and 20-day-old piglets. (a) Representative qPCR
amplification plot of MSTN mRNA levels in the LV (red) and RV (blue) of three 20-day-old piglet hearts. Internal RPL19 reference levels
in the LV (red) and RV (blue) are shown. Arrows: threshold cycle (CT). FT: fluorescent threshold. ΔCT : differences in threshold cycles for
target and reference. NTC: nontemplate controls. B: MSTN mRNA levels in the LV versus RV ventricle of newborn and 20-day-old piglets.
∗P < .05, newborn piglets (n = 3). #P < .05, 20-day-old piglets (n = 3).

The BLAST searches for sequence similarity revealed that
6 of the 32 cloned cDNA fragments with confirmed differen-
tial expression are potentially novel transcripts with no sig-
nificant match in the current databases, suggesting that they
may either encode as yet uncharacterized proteins or corre-
spond to unknown regions of identified genes (untranslated,
nonconserved regions). The remaining 26 cDNA sequences
were identified by BLAST sequence comparisons as genes
related to modulation of gene expression (PTPLAD1, PHB2,
CEP290, JMJD1C), regulation of cell growth and differen-
tiation (MSTN, MAP3K71P2, APOBEC3F, PHB2), biome-
chanical stress sensing and myofibrilar assembly (TTN,
ANKRD1), muscle contraction (TNNT2, ACTC1), extra-
cellular matrix remodeling (ADAMTS3, COL1A2), calcium
control (SLC8A1), and energy metabolism (ATP5C1, ND6).

Table 2 provides details of the extent of relative LV/RV
upregulation (fold change) as well as the known function(s)
of identified genes. Among the differentially expressed
genes, only a small portion displayed over 4-fold expression
differences between LV and RV (PTPLAD1, TPM2, ACTC1,
ANKRD1, ANKRD1-I8, PDE3A, D162, TNMD, D170). In
this sense, chamber-dependent regulation of expression
of these known and novel transcripts may be primarily
associated with different patterns of postnatal ventricular
remodeling.

MSTN (myostatin) characterized by LV-predominant
expression in newborn myocardium also stood out as an
interesting candidate, given its roles in cell growth and
proliferation. Recently, it has been demonstrated that MSTN
is a potent repressor of cardiac muscle cell proliferation and
growth, and that in vivo loss of MSTN induces eccentric
hypertrophy associated with enhanced responsiveness of
ventricular myocytes to beta-adrenergic stimulation [17,
18]. We, therefore, examined this gene expression in both

ventricles at advanced stages of postnatal development when
morphological differences between concentric (LV) and
eccentric (RV) remodeling become evident, that is in 20-
day-old piglets (see Figure 1(d)). The LV/RV MSTN mRNA
ratio found in newborn piglets (i.e., 2 : 1) was significantly
amplified in 20-day-old animals (i.e., 6 : 1) due to MSTN
upregulation in the LV of the latter age group, while the
gene’s expression levels in the RV were similar in two groups
studied (Figure 4). The results indicate that in neonatal
piglets a process of RV-eccentric remodeling is associated
with the same relative low MSTN level as was found in the
RV at birth.

Collectively, the comparison of gene expression between
the LV and RV shortly after birth, when LV/RV loading
conditions are dramatically changed as compared to the late-
fetal period, demonstrates that such analysis provides clues
for identifying hallmark genes whose expression is regulated
in a chamber-dependent manner at the earliest stages of
postnatal LV-concentric and RV-eccentric remodeling.

4. Discussion

The DDRT-PCR technique, which was first developed in
1992 [19], is still the method of choice for an unbiased
comparison of mRNA expression patterns between samples
that are very similar and often results in identification of
nonabundant, rare, or novel transcripts [10, 20, 21].

Using a nonradioactive DDRT-PCR technique, we iden-
tified the transcripts that reproducibly showed different
expression levels between LV and RV in newborn piglets.
These differences do not correlate with either cardiomyocyte
cell volume [22] or ventricular wall thickness ([9]; see
also Figure 1(b), this work), which are practically equal in
both piglet ventricles during or shortly after birth. Thus, in
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this system a molecular prepattern precedes the appearance
of morphologically identifiable signs of LV-concentric and
RV-eccentric hypertrophy. We suggest that the observed
differences in gene expression are intrinsic to the distinct
molecular makeup of the LV versus RV rather than to their
hyperplastic/hypertrophic growth status, which is similar in
both ventricles at birth. Further, the content of certain well-
known markers of cardiomyocyte hypertrophy (beta-myosin
heavy chain and myosin light chain 2 ventricular) was found
to be similar in both the LV and RV of newborn piglets [9].
Moreover, expression levels of the transcriptional cofactor,
myocardin, which induces cardiomyocyte hypertrophy [23,
24], are equal in both ventricles of these animals [25]. There-
fore, it seems reasonable to interpret the differences in gene
expression detected in our present work as indicative of an
L–R molecular predisposition of the newborn myocardium
to respond to dramatic changes of the hemodynamic loads
shortly after birth when the LV is exposed to a higher-
pressure load (concentric hypertrophy promoting condition)
in comparison to the RV, which is exposed to a higher-
volume load (eccentric hypertrophy promoting condition).

The vast majority of the transcripts differentially
expressed in the LV and RV of newborn piglets corre-
spond to genes which were not previously known to be
asymmetrically expressed in the LV versus RV myocardium,
excepting those coding for beta-spectrin [4], ANKRD1 [9],
BNP [6, 9], calcium ATPase, matrix metalloproteinases,
type 1 procollagens, and troponins [3]. In addition, other
reports demonstrated that transcripts for proteins such as
fibronectin, alpha-myosin heavy chain and transforming
growth factor [26], and cytochrome c oxidase and heart
isoforms of uncoupling proteins [27] are asymmetrically
enriched in the LV versus RV mammalian myocardium.

Regulatory mechanisms resulting in LV/RV transcrip-
tional differences in the newborn and early neonatal heart
are largely unknown, but of special interest, because the
functionally different roles of the two ventricles become
apparent after birth. Our study characterizes the transcrip-
tion status of the LV and RV at birth rather than the
establishment of LV/RV transcription differences in the
course of development [28]. In embryonic and fetal heart,
expression of a number of transcription factors, including
Hand1, Hand2, and Tbx5, shows LV/RV differences [29, 30].
We found [9] that Hand1 and Hand2 are equally expressed
in both the LV and RV of newborn piglets, suggesting that
these factors are not involved in maintaining L/R ventricular
transcriptional differences after birth.

In this work, among the genes whose expression levels
differentiate between the LV and RV, there is a small cohort
of genes which could be involved in concentric versus
eccentric hypertrophy signalling (see Table 2). In this regard,
several key regulators of muscle cell growth and prolifer-
ation (MAP3K7IP2, MSTN, PHB2, APOBEC3F) and gene
expression (PTPLAD1, JMJD1C, CEP290) are differentially
expressed between LV and RV piglet myocardium that may
be relevant to intrinsic differences [31] that can regulate
the chamber-dependent response of ventricular myocardium
to workload. Interestingly, transition from “early” to “late”
hypertension-induced hypertrophy in young adult rats is

associated with predominant changes in expression of cell
growth/proliferation and signal transduction factors [32].

Sequence analysis of the 32 cDNAs chosen based on
differential LV/RV screening revealed a number of sequences,
which may correspond to either previously uncharacterized
genes or yet unidentified splice variants of the known
cardioexpressed genes. In this sense, identification of the D36
fragment sequence (see Table 2) as being completely identical
to that located within intron 8 of the pig ankrd1 gene led us
to isolate and characterize three novel alternatively spliced
ankrd1 variants which are predominantly expressed in the LV
of neonatal and adult pig and human hearts and markedly
upregulated in the ventricular myocardium at experimental
heart failure [12]. Similarly, the D170 fragment (see Table 2),
exhibiting homology with exon 1 and 3 sequences of the pig
nppb gene, may represent a new form of alternative splicing
of this cardioprotective factor.

Various cardiac disease states can result in an imbalance
of chamber-associated expression patterns in ventricular
myocardium. In the rat infarct model, a shift in chamber-
dependent gene expression towards relative downregulation
of gene expression in the RV as compared to the LV has
been reported [3]. In the porcine model of cardiotoxic
cardiomyopathy we have demonstrated that the normal
asymmetric LV/RV pattern of ANKRD1 mRNA and protein
distribution was completely abolished at end-stage heart
failure; improvement of cardiac performance resulted in
the restoration of this gene’s LV/RV asymmetric expression
[9]. In the pig model of volume overload (eccentric hyper-
trophy promoting condition), angiotensinogen and prepro-
endothelin expression levels were significantly upregulated
in the RV while remaining uncharged in the LV [31]. In the
mouse model of RV pressure-overload hypertrophy, over 10
transcripts showed significant upregulation in the afterload
stressed RV, but not in the afterload stressed LV, including
three genes from the Wnt signaling pathway, and genes
involved in apoptosis [33]. In young rats, chronic hypoxia
resulted in a shift from an LV- to an RV-predominant pattern
in cytochrome c oxidase expression [27].

In sum, although not all of the identified genes with
differential LV/RV expression have a clearly defined cardiac-
related function(s) at this time, the results of our work do
advance the understanding of the complex mechanisms that
could be involved in concentric versus eccentric remodeling
of ventricular myocardium under normal conditions. More
broadly, the identification of specific expression signatures
of concentric versus eccentric hypertrophy may be useful
in the elucidation of molecular pathways involved not
only in physiological but also in pathological myocardial
remodelling and heart failure.

5. Conclusions

Using an unbiased DDRT-PCR analysis, we were able to
identify a set of genes with divergent LV versus RV expres-
sion. To our knowledge, this is the first study to account
for large-scale gene expression profiling in early neonatal
myocardium in mammals which revealed a certain molecular
predisposition of the LV and RV, respectively, to concentric
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or eccentric hypertrophic remodeling. The reliability of these
findings is supported by confirmation of the results by
qRT-PCR and recognition of a fraction of the differentially
expressed genes as known genes involved in pathological
ventricular remodeling and heart failure. In addition, our
data demonstrate chamber-dependent alterations in the
expression of as yet uncharacterised novel genes that may be
associated with different patterns of ventricular hypertrophic
remodeling and can be used to study a board range of heart
disease phenotypes.
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The scaffold of striated muscle is predominantly comprised of myosin and actin polymers known as thick filaments and thin
filaments, respectively. The roles these filaments play in muscle contraction are well known, but the extent to which variations in
filament mechanical properties influence muscle function is not fully understood. Here we review information on the material
properties of thick filaments, thin filaments, and their primary constituents; we also discuss ways in which mechanical properties
of filaments impact muscle performance.

1. Introduction

Muscle is a remarkable and intriguing tissue that performs
a broad range of specialized functions. While the mention
of muscle may elicit images of physical strength, a quick
sampling of the animal world reveals that muscle has
extraordinary functional diversity and has evolved to provide
power for lifting, speed for rapid locomotion, endurance for
sustained activity, ultrafast vibrations for sound production,
and braking action for stopping movement. This diversity
relies upon muscle’s active and passive viscoelastic properties
providing a range of mechanical versatility in response
to loads or forces that vary with time. Muscle is also a
highly structured biological material, where proteins are
organized into ordered filament arrays that combine to form
successively higher ordered, repeated structures (sarcomeres,
myofibrils, fibers, and fascicles). Research into muscle func-
tion occurs at nearly all levels of its hierarchical organization:
single molecule, cell, whole organ, and organism (Figure 1).
Pioneering studies on the mechanism of muscle contraction
were conducted primarily at the level of the intact muscle,
fiber, and to a lesser extent myofibrils (for review, see [1]).
Over the past two decades, research on cellular mechanics, in
vitro systems, and single molecules has been the dominant
theme. Studies at the intermediate levels of filaments and
myofibrils have been less common. Knowledge of the

biomechanical properties of filaments is important because
they reveal how molecular properties scale up and how
bulk properties of muscle fibers are dictated by nanoscale
phenomena. Because muscle contraction is not simply the
sum of individual motor molecules, understanding the
properties at each organizational level is important to fully
appreciate the behavior of this complex system.

Structural information has been extremely valuable for
interpreting mechanical data. Titin, the large sarcomeric pro-
tein that extends from the Z-band to the M-line, provides a
case in point, where knowledge of its molecular organization
and domain structure expedited understanding of its role
as a molecular spring (for review, see [26]). The advent of
high-resolution structures of native thin filaments and thick
filaments (e.g., see [27, 28]) provides an ideal opportunity
to examine their mechanical properties and elucidate the
molecular basis of their passive and active behavior. Here
we will review what is known about the biomechanics of
thick filaments, thin filaments, and their constituents, while
providing a comparison of shared and unique properties
among muscle types.

1.1. Functional Models and the Influence of Filament Com-
pliance. Early models of muscle contraction described the
mechanism of filament sliding using rigid thin filament and
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Figure 1: Some approaches used to measure the biomechanical properties of muscle, from single molecules to a living organism. Scale bars
are approximate and are based on the size of the preparations, not the equipment. (a) Measurement of axial forces produced when pulling
individual myosin molecules [2, 3] (figure adapted from [3]). (b) The biomechanical characteristics of thick filaments and thin filaments
have been measured with a variety of techniques. (b1) Measurement of elastic properties of thick filaments with cantilevers [4, 5] (figure
adapted from [5]). Thin filament elastic properties also have been measured in this way [6]. (b2) Shearing and bending of thick filaments
with an AFM probe [7] (figure modified from [7]). (b3) Young’s modulus and persistence length of thick filaments calculated from AFM
images [8, 9] (figure modified from [9]). The persistence length of thin filaments has also been measured by monitoring their thermal
fluctuations in shape [10–12]. (b4) Axial stiffness of thin filaments measured with a glass microneedle [13] (figure adapted from [13]). (b5)
Flexural rigidity of thin filaments measured in an optical trap [14] (figure modified from [14]). (b6) Torsional rigidity of thin filaments
[15, 16] (figure adapted from [16]). (c) Axial passive stiffness of myofibrils measured with cantilever force transducers [17–19] (adapted
from [17]). (d) Elastic and viscous properties of skinned muscle fibers [20–22]. (e) Elastance of the heart [23, 24]. The scale bar here reflects
a mouse heart. (f) X-ray diffraction of live Drosophila flight muscles [25].
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thick filament backbones, attributing force production and
the elastic response of muscle to actin-myosin cross-bridges
[29]. Over the past two decades, a number of studies demon-
strated that a considerable portion of sarcomere compliance
resides in non-cross-bridge structures, revealed by low angle
X-ray diffraction measurements of individual fibers [30, 31]
and intact tissue within the organism (Figure 1(f)) [25].
Some estimate that approximately half of the sarcomere
compliance resides in the thin filaments [13, 32, 33] and
a smaller (20–30%), but significant, amount resides in the
thick filaments [31]. Other studies suggest that the filament
contribution to sarcomere elasticity may be much less (1–
20%) [34, 35]. Nonetheless, these measurements of filament
extensibility describe a fundamentally different mechanical
system than one with rigid thick filaments and thin filaments,
providing an opportunity for investigating the consequently
altered mechanisms underlying force production within a
lattice of compliant thick filaments and thin filaments.

Recent studies measuring thick filament and thin fila-
ment flexibility bestow a striking and fascinating level of
complexity at the molecular and cellular level, as hun-
dreds to millions of cross-bridges coordinate to produce
force and shortening during muscle contraction. Much
of this complexity builds on the behavior outlined by
mathematical models of muscle contraction, implementing
the well-accepted idea about cross-bridge elasticity being
related to cycling kinetics [29, 36–38], although the earliest
mathematical models assumed rigid (inextensible) filaments.
Extending these ideas about strain-, load-, or position-
dependent cross-bridge cycling to the level of filament
behavior begins to illustrate that filament extensibility during
force development may affect the relative position of actins
and myosins along the filaments and the manner by which
force is transmitted throughout the filament lattice [39–45].

Even though cross-bridges within a particular muscle
likely follow similar chemomechanical processes (or a similar
set of rules), filament compliance implies that cross-bridges
may not behave identically along the length of a thick
filament. As a simple example, consider a compliant thick
filament with multiple myosins attached and producing force
isometrically (i.e., in the absence of filament sliding) with a
compliant thin filament. As these myosins produce greater
and greater levels of force, the myosins and myosin binding
sites along the actin filament will realign, changing their
positions because the thick filaments and thin filaments are
stretching in opposite directions towards the Z-band and M-
line, respectively [41, 43]. Now imagine a similar situation
where the filaments are rigid, resulting in no realignment of
myosin and myosin binding sites along the thin filament and
no dynamic redistribution of forces along the filament. In
contrast, filament compliance permits realignment of actin
filaments and myosin heads, along with a dynamic redistri-
bution of forces as cross-bridges cycle. Filament compliance,
therefore, alters behavior between cross-bridges because the
forces generated by one cross-bridge affect the position
and force experienced by its neighboring cross-bridges. This
compliance provides a mechanism of cross-bridge recruit-
ment that enhances force production and coordination of
cross-bridge turnover [44], which can lead to an increase in

force production compared to a system of rigid filaments.
The mechanisms underlying force production become even
more intriguing when one envisions the molecular behavior
associated with shortening and lengthening transients during
normal contraction in the heart, skeletal, or insect flight
muscles. For instance, coordinated mechanical and X-ray
measurements using intact fibers show that muscle stiffness
increases with a 2–6 nm stretch during tetanic contraction,
which may be attributed to the attachment of additional
myosin cross-bridge heads [46].

The elastic properties of filaments potentially influence
how a striated muscle responds to stretch. Stretching of
skeletal muscle results in a decrease in myosin ATPase and
a braking action that is largely attributed to the attachment
of the second myosin head of a dimer, which implies the
attached motor acts as a strain sensor that detects the
external stretch and recruits the attachment of its partner
[46]. Recruitment of the second motor suggests a mechanical
coupling between the two heads and/or a possible role for
the rod in modulating motor activity, which may depend
upon different mechanical properties of the filaments or
regions of myosin [2, 47]. Conversely, stretching an insect
flight muscle (and to some extent, cardiac muscle) leads to
an increase in myosin ATPase activity and a delayed rise in
tension [48]. Recent models suggest that activation by stretch
(and high calcium) may be the result of breaking ATPase
inhibiting interhead interactions [49]. The distinct response
of the motors to stretch in skeletal versus insect flight
muscle may result from differences in how they perceive
tension, or the extent to which the filaments are strained and
transmit tension to the heads. Regardless of the mechanism,
differences in the mechanical behavior of thick filaments and
thin filaments in different muscle types may modulate their
distinct responses.

While the consequences of filament compliance on cross-
bridge behavior have been largely illustrated through compu-
tational studies [40–45, 50], these studies illustrate the com-
plex protein dynamics that likely exist for a myriad of cellular
processes coordinating piconewton forces and nanometer
motions among multiple proteins. These models have scaled
up from a population of myosins along a single thick filament
and thin filament pair [41, 43], to multiple filaments [42,
44, 50], and to a recent study probing the coordinated
behavior of multiple sarcomeres [51]. In summary, these
models indicate that filament compliance can lead to greater
recruitment of force-bearing cross-bridges, and that the level
of force produced by the muscle depends upon the relative
stiffnesses of thick filaments, thin filaments, and cross-
bridges. Filament compliance may also affect the overall rate
of force development by modulating the force transmitted
from cross-bridges into the myofilament lattice, where a
more compliant lattice leads to decreased rates of force
development [39, 43], in agreement with recent experimental
results [52]. These models increasingly demonstrate that
muscle is a classic example of a complex system stemming
from coordinated behavior of cross-bridges, filaments, and
sarcomeres to produce a complicated response from a set
of rules [44, 51]. Advancements in computational resources,
rapid data acquisition, and massive data storage increase the
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feasibility of novel and important experiments probing and
illustrating the molecular mechanisms responsible for this
complicated behavior underlying muscle contraction.

2. Filament Biomechanics

2.1. Thick Filaments. Unlike thin filaments, the structure and
molecular composition of thick filaments is quite diverse,
especially among nonvertebrate species. In this group, thick
filaments can have a hollow or solid core, single or multiple
myosin isoforms, a low-to-high content of the core protein
paramyosin [53], and distinct myosin associated proteins
uniquely coupled with specific muscle types (for reviews,
see [54–56]). Differences in molecular composition dictate
structure and mechanical behavior but little is known about
these differences throughout the nonvertebrate species and
the extent to which they influence the contractile properties
of muscle. Accumulating evidence indicates thick filaments
change length under physiological forces (e.g., [25]) and
these changes influence contractile properties. In addition,
the potential for non-myosin thick filament proteins to
influence motor behavior may be greater than previously
anticipated, meaning functional alterations to muscle con-
traction may be accomplished through alterations of non-
myosin proteins that can greatly increase the rate and range
of adaptability in muscle.

The major component of most, but not all, thick
filaments is myosin II, a dimeric protein characterized by two
globular (motor) domains and an alpha-helical coiled-coil
tail, or rod domain. Atomic force microscopy (AFM) studies
on single myosin (Figure 1(a)) showed that the tail region is
elastic [3]. The coiled-coil of rabbit skeletal muscle myosin
undergoes a large structural transition at forces between 20
and 25 pN where short coiled-coil segments extend to about
two and a half times their original length [3]. These force
values are more consistent with estimates for actomyosin
rigor bonds (10–30 pN) [57–60]. However, nucleotide state
and loading rate also affect actomyosin bond strength, and
some actomyosin-ADP bonds appear to rupture at forces
higher than those of rigor bonds [60]. These single molecule
measurements reveal some very complicated and interesting
mechanochemical behavior that is fundamental to length-
ening and shortening kinetics during muscle contraction,
where estimated strengths of an actomyosin rigor bond
may not set an upper limit on possible load borne by an
actomyosin bond.

The structural transition of the coiled-cold is reversible
up to ∼30 pN on a timescale of less than one second and the
refolding of the coiled-coil dissipates no energy [3], that is,
the complete mechanical energy absorbed in the stretching
cycle is given back during relaxation. The length extension
is very close to the expected length difference between a
folded coiled-coil and a completely unfolded polypeptide.
These results suggest that myosin may be able to unfold and
refold within the timescale and force regime of a contracting
muscle. The force data was fit to a two-state model of coiled-
coil elasticity in which unfolding occurs initially within
short segments of the coiled-coil. Thus, local differences in

amino acid sequence that influence the strength of the intra-
and inter-chain interactions determine the rate and energy
of unfolding and refolding. This raises the possibility that
differences in rod sequences among myosins from different
muscle types may be functionally significant in defining rod
elasticity. This also may explain why several rod binding
proteins (e.g., M-line myomesin [61], A-band titin [62], A-
band flightin [63], and C-zone myosin binding protein C
(MyBP-C) [64]) only bind to specific sequences within the
light meromyosin (LMM) region despite the high structural
homogeneity of the LMM coiled-coil.

Additional observations about the elasticity of the
myosin coiled-coil have come from AFM spectra using single
rabbit skeletal muscle myosin and several of its proteolytic
subfragments (single-headed myosin, myosin rod, S2, and
LMM) [2]. All these molecules exhibited a similar force
spectra consisting of a rise phase at low (<15 pN) forces,
an intermediate (∼15–100 pN) plateau phase, and a final
exponential phase (>100 pN). The length of the rise phase
was shortest in the LMM fragment suggesting that S2,
and specifically the hinge connecting S2 and the LMM,
is primarily responsible for increasing the length of the
rise phase. The results from this study suggest a reversible,
force-induced unfolding and extension of the S2 hinge
could occur during muscle contraction [2]. It is unclear,
however, the extent to which amino acid sequence variation
in the S2 hinge region may be exploited to modulate
muscle properties. In Drosophila, part of the S2 hinge is
encoded by two alternative exons, one expressed in slow
(embryonic) muscle and the other expressed in fast (adult
jump and flight) muscle. Studies have tested whether the
expression of the slow muscle S2 hinge in an otherwise
fast muscle myosin affected myofibril [17] and fiber [20]
properties. Expression of the slow muscle S2 hinge produced
several structural changes, including an increased myosin
rod length, A-band length, and sarcomere length [65].
Despite these structural changes, myofibril (Figure 1(c)) and
fiber (Figure 1(d)) mechanics showed that passive properties
(tension as well as elastic and viscous modulus) were not
affected even though the embryonic S2 hinge was predicted
to have a higher propensity to form a coiled-coil than the
adult S2 hinge. Myosin kinetics under active conditions were
altered by changing the S2 hinge and were consistent with
this region increasing the length of the myosin rod [20].
These structural and functional changes were manifested
at the whole fly level as a decreased wing-beat frequency
and flight performance [20, 65], providing an example as to
how changes at the molecule level can affect performance
and function at the whole organism level. Notably, the
observed structural changes indicate that the myosin rod
plays an important role in thick filament organization during
myofibrillogenesis.

Force-extension studies, similar to the AFM work
described above, have been conducted with reconstituted
myosin filaments (from rabbit psoas muscle) [4] and non-
vertebrate (mussel and crab) native filaments [5] using
nanofabricated cantilevers (Figure 1(b1)). Force elongation
curves for the skeletal myosin filaments showed that stiffness
increased with load and the filaments were more compliant
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at low forces. Under load conditions of approximately
100 pN the filaments exhibit an elastic response. Imposed
loads between ∼240 and 440 pN resulted in strains of ∼1.1
to 1.5%. These results are consistent with changes in spacing
of the 14.3 nm reflection (i.e., the longitudinal distance
between myosin heads) previously reported from real time
X-ray diffraction data of actively contracting frog skeletal
muscle [30]. In contrast, native thick filaments isolated
from blue mussels (Mytylus edulis) and horseshoe crabs
(Limulus polyphemus) are substantially more flexible. Blue
mussel thick filaments (length: 10 to 50 μm) were elastic
up to stretches of ∼23% of the filament length but did
not break until stretched 2-3 times the filament length.
The much shorter horseshoe crab thick filaments (length:
4 to 5 μm) were elastic up to stretches of ∼66% of the
filament length but did not break until stretched 5-6 times
the filament length [5]. These large elastic deformations
were repeatable, although a significant amount of hysteresis
was evident in both filament types. The elastic behavior is
produced at low (∼1 to 10 nN) forces that are within the
estimated physiological range of tension produced by the
thick filaments. As suggested by the single myosin molecule
studies, the extensibility of the thick filament at low forces is
likely to arise from stretching and uncoiling of segments of
the rod domain. In addition, shearing between myosin rods
is likely to contribute to filament elasticity [7].

While the degree to which thick filaments deform
during contraction is difficult to quantify, there is evidence
suggesting Limulus thick filaments undergo large changes
in length during contraction [66]. Using Mytilus thick
filaments, length changes were found to occur in steps
of 2.7 nm and integer multiples during lengthening and
shortening [67]. The stepwise length change was predicted
to occur from the charge distribution along the myosin rod
and to contribute to sarcomere length changes and force
generation in contracting muscle (see [67] for discussion).
Lastly, the yield strength (i.e., the force required to break the
filament) of Mytilus thick filaments was not much higher
than the estimated physiological force suggesting that the
force range experienced by these filaments in vivo is rather
narrow. Interestingly, the yield strength of Drosophila flight
muscle thick filaments (∼8–17 nN), measured by stretching
filaments with an AFM tip [7] (Figure 1(b2)), is comparable
to that of horseshoe crab (∼7 nN) and mussel (∼18 nN), sug-
gesting that regardless of their molecular composition, the
upper limit yield strength of thick filaments may not exceed
20 nN. In summary, the piconewton forces produced by
multiple actomyosin interactions per thick filament produce
the requisite forces to produce nanometer deformations of
thick filaments, but are likely much too small to compromise
the structural integrity of native filaments. These studies
provide evidence that thick filament extensibility is part of
muscle contraction across a wide range of species.

The greater extensibility of the blue mussel and horse-
shoe crab thick filaments mentioned above may result from
their high content of paramyosin (and high paramyosin
to myosin ratio) when compared to thick filaments from
vertebrate muscle (which lack paramyosin) or Drosophila
indirect flight muscle (IFM; which have very low amounts

of paramyosin) [68]. Paramyosin is an α-helical coiled-
coil protein, similar to the myosin rod, that forms a core
onto which the myosin molecules pack to form the thick
filament [68]. The ability for paramyosin to directly influ-
ence filament compliance is supported by the finding that
disrupting phosphorylation sites in Drosophila paramyosin
reduced IFM myofibril passive elastic modulus by 15%
[17], consistent with a previous study that found similar
reductions in passive, active, and rigor fiber stiffness [21].
This relatively large reduction was unexpected given that
the major contributor to passive stiffness is the connecting
filaments [69], in light of the assumption that thick filaments
are more than 15 times stiffer than connecting filaments
[17]. One possibility is that paramyosin serves as, or is
part of, an anchoring site for connecting filaments on thick
filaments. It is interesting to note that thick filaments from
non-vertebrate muscles exhibit a wide range of lengths and
widths and that the paramyosin to myosin ratio tends to
increase proportionally with filament length [53]. The large
extensibility of the long (>4μm) non-vertebrate filaments is
also consistent with the suggestion that paramyosin directly
influences filament stiffness.

Other notable non-myosin thick filament proteins impli-
cated in filament stiffness include MyBP-C in cardiac thick
filaments and flightin in IFM thick filaments. MyBP-C, a
modular protein consisting of immunoglobulin-like C2-type
domains and fibronectin type-III domains, is found in the
nine distal stripes of the C-zone region of the cardiac A band
[70]. Early studies demonstrated that MyBP-C considerably
stiffened the filament’s calculated persistence length (an
index of flexural rigidity) from electron micrographs of
reconstituted filaments in the presence and absence of MyBP-
C [71]. The mechanical contribution of these proteins to
native thick filament properties has become possible with
the availability and viability of mutant flies and transgenic
mice, such as the cMyBP-Ct/t mice that fail to express cardiac
MyBP-C [72]. Using images obtained by AFM, Nyland
et al. calculated the persistence length of native cardiac
thick filaments with and without MyBP-C [8] (Table 1 and
Figure 1(b3)). Aside from a small but significantly shorter
length (1.48 ± 0.02μm t/t versus 1.56 ± 0.02μm +/+), thick
filaments lacking MyBP-C exhibited an ∼40% reduction in
specific persistence length and Young’s (elastic) modulus.
Furthermore, they showed that filaments lacking MyBP-C
had a greater bending propensity throughout the C zone
suggesting that MyBP-C is directly involved in stiffening the
filament. The increased compliance of thick filaments lacking
MyBP-C may explain why skinned papillary muscle from
t/t mice showed a 50% reduction in the stiffness of rigor-
bridge-attached thick filaments [73] and why hearts from t/t
mice exhibited an abbreviated and reduced systolic elastance
(Figure 1(e)) [23]. Altogether, these results illustrate the
important role of MyBP-C in modulating cardiac output and
provide a plausible mechanism for understanding how some
MyBP-C mutations may lead to cardiomyopathies.

Drosophila IFM thick filaments have flightin, a protein
that is distributed throughout most of the overlap region
of the A band [74]. Similar to mice lacking MyBP-C, thick
filaments from mutant flies unable to express flightin in
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Table 1: Mechanical properties of thick filaments and thin filaments.

Filament Measurement Method Muscle Source
Stiffness
(pN/nm)

Young’s
Modulus

(GPa)

Persistence
Length
(μm)

Thick(a) Longitudinal stiffness X-ray diffraction Frog skeletal 252 1.9 [30] 642

Thick(a) Flexural rigidity AFM Mouse cardiac 165 0.8 639 [8]

Thick(a) Flexural rigidity AFM Fruit fly IFM 442 3.0 1742 [9]

Actin(b) Flexural rigidity thermal fluctuations Rabbit skeletal 19 0.8 9 [10]

Actin∗(b) Flexural rigidity thermal fluctuations Rabbit skeletal 37 1.5 18 [10, 12]

Actin∗(b) Longitudinal stiffness microneedle Rabbit skeletal 44 [13] 1.8 21

Actin∗ + Tm(c) Longitudinal stiffness microneedle Rabbit skeletal 65 [13] 1.3 63

Actin + Tm +
Cad(c) Flexural rigidity thermal fluctuations

Rabbit skeletal +
turkey gizzard

21 0.4 20 [10]

Thin(c) Fiber longitudinal
stiffness

X-ray diffraction Frog skeletal 125 2.5 [30] 121

Thin(c) Fiber longitudinal
stiffness

mechanics Rabbit skeletal 46–68 [32] 0.9–1.4 44–66

Measured values are listed in bold, along with the referenced study. Stiffness values represent the spring constant for a filament length (L) of 1000 μm.
To compare between measurements, the calculations for stiffness (k), Young’s modulus (E), and persistence length (Lp) required an estimate of filament
geometry listed in the footnotes. Otherwise, E = kL/Ac , where Ac is cross-sectional area [13] and Lp = EI/kBT, where I is the second moment of inertia, kB is
the Boltzman constant, and temperature (T) was 300 K [129].
(a)Calculations assumed a solid, cylindrical filament backbone of radius 6.5 nm for skeletal thick filaments [30] and 8 nm [130] for cardiac thick filaments.
For insect flight muscle filaments, calculations assumed a hollow cylinder with an outer radius of 7.5 nm and an inner radius of 3 nm [131].
(b)Calculations for undecorated actin filaments assumed a solid, cylindrical filament backbone of radius 2.8 nm [13]. ∗In the presence of phalloidin.
(c)Calculations for thin filaments and decorated actin filaments assumed a solid, cylindrical filament backbone of radius 4 nm [30].
Abbreviations: Tm: Tropomyosin; Cad: Caldesmon; Thin: Native thin filament; Thick: Native thick filament; AFM: Atomic force microscope; IFM: Indirect
flight muscles.

their IFM ( f ln 0) were significantly more compliant and had
larger bend angles than their wild-type counterparts [9].
Calculations of persistence length from AFM images between
f ln 0 and wild-type filaments from the same age flies revealed
that flightin increases total thick filament bending stiffness
by ∼30–45%, similar to the MyBP-C contribution to cardiac
thick filaments [9]. These results are consistent with a model
in which flightin (and similarly, MyBP-C) provide lateral
reinforcement to the thick filaments via their interaction
with a common LMM site [63, 64]. The existence of con-
nections between myosin rods in Drosophila IFM filaments
was further suggested by the shear modulus obtained from
bending the filaments with the tip of an AFM cantilever
[7]. The values ranged from 3 MPa, a value similar to that
obtained for purely coiled-coil filaments [75], to ∼13 MPa.
The higher values are thought to arise from the presence
of proteins that cross link neighboring coiled-coils. Flightin,
along with another A band protein myofilin [76] could fulfill
the cross-linking role in Drosophila flight muscles, helping
to provide the high stiffness typical of insect flight muscle.
The high stiffness of insect flight muscles facilitates stretch
activation and the fast oscillatory contraction necessary to
beat their wings up to several hundred times per second [48].

The effect of flightin on thick filament mechanics is also
clearly manifested at the level of the cell. A comparison of the
mechanical properties of skinned flight muscle fibers from
f ln 0 and wild-type IFM revealed that passive and dynamic
stiffness are reduced by more than 50% in f ln 0 fibers [22].
This large increase in sarcomere compliance resulted in fibers

that absorbed, rather than produced, work. Deficits in whole
body locomotion were also evident as flies carrying the
flightin mutation were unable to beat their wings and there-
fore flightless [74]. These studies point to an important role
for flightin in reinforcing the structural integrity of the thick
filaments and enhancing the production or transmission of
force from the cross-bridge to the thorax to elevate flight
performance. These studies demonstrate that although thick
filament compliance can increase force generation compared
to rigid filaments, too much compliance greatly reduces fiber
performance and negatively impacts the ability of the animal
to move.

Comparing thick filament persistence length between
fiber types and species provides an opportunity to examine
how the mechanical properties of thick filaments relate
to the mechanical performance of the muscle or organ.
Persistence length is a commonly used index of the flexibility
of a polymer that conveys valuable information about
a polymer’s mechanical properties. Given that there are
different methods of obtaining persistence length, one must
keep in mind that differences in values may be the result
of variations in assumptions or experimental procedures.
Thus, a direct comparison of absolute values obtained
by different investigators using various techniques could
be misleading and should, at best, be considered as a
general approximation. The persistence length values for
cardiac thick filaments and IFM thick filaments reported
in Table 1 were obtained using a similar AFM approach
[8, 9], thus a direct comparison is more meaningful in this
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case despite some differences in experimental conditions.
The comparison indicates that IFM filaments were almost
three times as stiff as cardiac filaments, in proportion to
the elastic moduli differences found at the myofibrillar level
[18]. The difference in persistence length is quite remarkable
especially when one considers the hollow core of the insect
flight muscle filaments. While the structure of the insect
filaments is not yet known in detail, their extraordinary high
stiffness suggests the existence of structures that enhance the
rigidity of the myosin rods or that form an inner rigid core.
A rigid core consisting of paramyosin filaments held together
by cross-linking proteins has been suggested for nematode
(C. elegans) body wall thick filaments [71]. However, the
persistence length calculated for nematode filaments from
electron micrographs is only ∼15% of that calculated for
IFM filaments by AFM. In that same study, persistence
length calculated for rabbit psoas muscle thick filaments
is approximately 25-fold less than that calculated for frog
skeletal muscle from fiber X-ray diffraction studies (Table 1).
This difference may arise from the use of a methodological
approach that relied only on measured contour and end-
to-end length of the filament [71], rather than the most
common and statistically robust approach of measuring
filament segments of increasing length [8, 9, 77]. Clearly,
an understanding of the experimental techniques and pro-
cedures is required to facilitate comparisons within and
across different studies. The estimates listed in Table 1 sum-
marize measurements performed under similar conditions
wherever possible, and the versatility of persistence length
for comparing relative flexibilities of biological polymers
and nonbiological materials is demonstrated in Table 2.
Interestingly, the bending stiffness of thick filaments is quite
large, especially the insect IFM filaments, which are near the
range of nanotubes and microtubules (Table 2).

2.2. Thin Filaments. Early studies by Oosawa and colleagues
revealed that actin filaments are compliant in vitro as well as
in the myofibril, prompting speculation that changes in thin
filament length may contribute to muscle contraction [78,
79]. More recent studies using X-ray diffraction of frog sar-
torius and semitendinosus muscles estimate that ∼40–50%
of the sarcomere compliance of actively contracting muscle
originates from the thin filaments [30, 31]. Measurements of
mechanical compliance in rabbit psoas are consistent with
these X-ray studies, showing that thin filaments contribute
∼44% to sarcomere compliance under active conditions [32].
However, one study with carbodiimide-cross-linked rabbit
fibers found virtually no compliance in the actin filaments,
with all the compliance in the myosin motor domain [34].
Mechanical experiments in frog tibialis anterior muscle
suggest a smaller thin filament contribution to the total
sarcomere compliance (∼20–29%) [35, 80], an estimate that
could be significantly higher if thin filament compliance were
nonlinear [35] (thus, more consistent with the values from
X-ray studies). Thin filament extensibility was determined to
be∼50% of the sarcomere compliance in active muscle using
single actin filaments reconstituted from rabbit psoas tissue
[13]. Overall, these studies suggest that the thin filament

Table 2: Range of persistence length for biological polymers and
nanotubes.

Material
Persistence

Length
(μm)

Comments and References

Silk 0.0004
Recombinant spider dragline silk
nanofibers [132]

Titin 0.0007–0.04
For intact (rabbit skeletal) protein,
individual domains, and elastic and
inelastic regions [133–135]

Hyaluronan 0.0045 Articular cartilage [136]

Collagen
0.0112–

0.057
Types I, II, III [136, 137]

Projectin 0.030 Lethocerus flight muscle [138]

Mucins 0.036 Human ocular [139]

Kettin 0.045 Recombinant fragments [138]

DNA 0.053 <3000 bp [140]

Intermediate
filaments

1
In vitro polymerized human vimentin
[77]

Cofilactin 2.2 In vitro polymerized [92]

Actin 9.0–17.7
In vitro polymerized with or without
phalloidin [10, 12, 92, 141]

Nanotubes 17–32 Single walled carbon nanotubes [142]

Flagellar
filaments

2.4–41.1 From bacteria [129]

Thin
filaments

44–121 See Table 1

Thick
filaments

27–1742
From various species and muscle types
[8, 9, 71]

Microtubules 110–5200
In vitro polymerized with taxol or
paclitaxel [12, 141, 143]

contributes ∼20–50% to the total sarcomere compliance,
indicating that the extension of actin plays a significant role
in muscle contraction.

The mechanical properties of reconstituted actin poly-
mers, with and without regulatory proteins, have been
studied extensively using a variety of methods. Investigat-
ing the mechanical effects of adding different regulatory
proteins to bare actin provides insight into the function
and performance of the native thin filament. The two
primary sources of actin were rabbit [10, 11, 13] and chicken
skeletal muscle [11], with the actin binding proteins being
derived from rabbit skeletal muscle [10, 13], turkey gizzards
(smooth muscle) [10], or other sources [11]. Since actin and
regulatory proteins are highly conserved, species differences
are seldom considered important even though mutations
of single amino acids can considerably affect contractility.
Persistence length measurements of fluorescent rhodamine-
actin filaments indicate that flexural rigidity increases
with the addition of tropomyosin alone [10, 11, 13] and
tropomyosin-troponin with or without Ca2+ [10] (Table 1).
Isoform specific effects that have been noted in that smooth
muscle tropomyosin had a lesser effect on persistence length
than skeletal muscle tropomyosin [10, 11]. The flexural
rigidity of actin with tropomyosin-troponin decreased with
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the addition of Ca2+, remaining above that of actin alone,
and suggests that thin filaments become more flexible upon
activation [10]. The increased compliance may allow for
better alignment of actin with the myosin heads, providing
more binding sites for myosin compared to a rigid thin
filament. Flexural rigidity of fluorescent rhodamine-actin
filaments increases with the addition of phalloidin [10, 11],
a peptide commonly used to stabilize actin filaments, and
could therefore significantly affect experimental results when
this peptide is present. Notably, studies where phalloidin was
added to the actin filaments still indicate significant actin fil-
ament compliance using a glass microneedle (Figure 1(b4))
with rabbit actin [13], the optical trap (Figure 1(b5)) with
chicken pectoralis [14], and microfabricated cantilevers [6].
Other factors were found not to dramatically affect the
longitudinal flexibility of filamentous actin including the
presence of metal ions Mg2+ or Ca2+, ionic strength ranging
from 5 to 100 mM, or whether the filaments were assembled
from ADP or ATP monomers [10]. While not explored, post-
translational modification of tropomyosin and other actin-
binding proteins may play a role in modulating thin filament
mechanical properties.

The torsional rigidity of actin with phalloidin
(Figure 1(b6)) was found to be three times higher for bound
Ca2+ compared with bound Mg2+ while the flexural rigidity
remained unchanged [15]. This raises the possibility that
these cations, as well as myosin binding, may influence thin
filament properties, potentially promoting more effective
muscle contraction by modulating the torsional rigidity
of the filaments [81]. Other studies show actin filaments
with phalloidin to be more flexible and less durable in
torsion, compared to bending or stretching [16, 82]. Thus,
changes in the twist of the actin helix resulting from the
attachment of cross-bridges may propogate considerable
distances along the filament, contributing to a suite of
cooperative mechanisms that coordinate or amplify active
force generation [83–86].

Phosphorylation may also play an important role in
regulating actin filament stiffness. An actin-binding C
terminal fragment of caldesmon, a protein that regulates
smooth muscle contraction through its binding to actin,
myosin and tropomyosin [87], increases persistence length
in a phosphorylation-dependent manner [11]. Phospho-
rylation of tropomyosin at Ser 283 (the second-to-last
residue at the C-terminus) has been shown to increase
the strength of the tropomyosin head-to-tail interaction
and the tropomyosin-troponin T interaction, and may also
modulate tropomyosin’s affinity for actin [88, 89]. Other
studies have shown that tropomyosin phosphorylation is
essential for long range cooperative activation along the
thin filament [90]. Whether this phosphorylation effect
is achieved through changes in thin filament mechanical
properties remains to be established.

In contrast to most actin binding proteins that increase
filament radius and mass, cofilin, a protein known to sever
actin filaments, decreases actin filament torsional [91] and
flexural rigidity [92], reflected as a fivefold decrease in
persistence length. Cofilin reduces stiffness by changing the
filament elasticity and geometry, hypothetically through a

reorganization of the actin subdomain 2 [92]. Similarly,
formins, a family of proteins that are associated with the
polymerization of actin, decrease the flexural rigidity of actin
filaments, suggesting these proteins regulate actin filament
conformation and may affect the ability of actin binding pro-
teins to attach [93]. While these actin binding proteins do not
participate in muscle contraction, understanding their effects
increases our knowledge of thin filament mechanics and may
lead to important discoveries surrounding myofibrillogenesis
and/or repair mechanisms.

2.3. Other Sarcomeric Structures. The extent to which thin
filament and thick filament compliance contributes to active
force production in vivo is likely determined by the nature of
their connections to, and the properties of, other sarcomeric
structures, namely Z-bands, M-bands and filaments of
nebulin (a large modular actin binding protein with multiple
functions [94]) , titin, and related proteins (e.g., the connect-
ing filament proteins kettin and projectin that in insect flight
muscle connect the thick filaments to the Z-line [95]). Many
studies have examined the mechanical behavior of several of
these individual components (for reviews, see [96–98]) but
a limited number of studies have explored whether there is
a correlation between fiber type and expression of specific
isoform sets among these different elastic structures (e.g.,
[99]). Despite these efforts, we lack a general understanding
of how individual component properties are related to those
of other sarcomeric components or how, for example, the
expression of titin length isoforms in a particular fiber
type is tuned mechanically to the molecular composition
of the thick filament and its mechanical capabilities. These
relationships may play a significant role in the developing
heart and diseased heart, where shifts in titin isoforms
are correlated with changes in cardiac output [100–102].
Similarly, the relation between connecting filament (kettin
and projectin) isoforms and thick filament composition in
insect flight muscle is likely to be significant given the large
contribution of the connecting filaments to active properties
in this muscle type [69, 103].

2.4. Open Questions, Interpretations, and Future Studies.
Recent studies suggest that the functional unit of contraction
is the half-sarcomere [104]. As we inch closer towards
elucidating the complete catalogue of proteins that con-
stitute this elaborate structure and a better understanding
of their mechanical properties, a clearer picture of the
mechanism of muscle contraction will benefit from merging
information from bottom-up approaches such as those
described here, and the more classical top-down (fiber and
muscle mechanical/structural) approaches. The functional
significance of filament compliance and its role in the evolu-
tionary divergence of striated muscle remain open questions.
As reviewed here, it is becoming increasingly clear that
from a mechanical perspective, all thin filaments and thick
filaments are not created equal and that large differences
exist among thick filaments from different muscle types. We
envision multiple possibilities, not mutually exclusive, for
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how filament compliance could come into play in defining
the functional properties of muscle.

(i) Filament strain and stiffness influence the placement
of myosin heads along the thin filament with implications for
cooperative activation, regulatory mechanisms, and overall
force production. A compliant filament (both longitudinal
and torsional) may expand the axial range for myosin motors
to find target zones along actin, increasing the probability
of cross-bridge binding. These processes may be modulated
by the number of actins exposed along the thin filament,
following Ca2+ activation of the troponin/tropomyosin com-
plex, differentially affecting contractile dynamics on a twitch-
to-twitch or beat-to-beat basis depending upon muscle type
[105–107]. While stretch activation is present in all muscles
(where force transiently increases to a greater level following
a stretch), its affects most strongly impact oscillatory muscle
systems that are constantly undergoing length changes, such
as in insect flight muscle or cardiac muscle. Although
not completely understood, these cooperative mechanisms
involving the spatial and mechanical properties of the
filaments and cross-bridges may fundamentally underlie the
Frank-Starling relationship in the heart [108].

(ii) Thick filament stiffness and/or strain influence the
orientation and kinetic properties of the motor domain.
Significant myosin loss has been found with aging [109],
cancer [110], heart failure [111–113], chronic obstructive
pulmonary disease [114], acute quadriplegia [115], and
severe spinal injury [116]. The myofibrillar protein loss
appears to be specific for myosin as several studies have
shown no alterations in other proteins, such as actin. This
loss of myosin may increase thick filament strain through
a reduction of thick filament stiffness and/or decrease thin
filament and thick filament strain since the number of heads
available for binding are reduced. The modulation of thick
filament and thin filament strain could lead to alterations in
myosin kinetics, as suggested by recent work in heart failure
patients [112]. Although not directly measured, orientation
changes in the myosin head relative to actin via thick filament
strain have been suggested by experiments in insects to
explain changes in passive and active fiber properties due to
sarcomere lengthening [103] and aging [117]. Thus, altering
thick filament stiffness may be a means of regulating fiber
contractile properties; whether this result is a consequence
of aging and/or disease or is an adaptation to these specific
conditions is still unknown.

(iii) Filament stiffness defines muscle’s ability to recycle
energy, for example, in the form of elastic recoil in oscillatory
systems such as the vertebrate heart and the insect flight
muscle. Flying insects rely on elastic recoil to lower the
energetic cost of flight [118]. The extent to which an insect
relies on muscle to store elastic energy for inertial work
depends on its size, wing beat frequency and mode of
operation (i.e., synchronous versus asynchronous) [119].
Varying the stiffness of the thoracic musculature, via the
stiffness of its underlying filaments, may be one way mother
nature adjusts to the challenge of energetically expensive
locomotive activities.

(iv) Filament stiffness influences muscle performance by
defining the effective transmission of actomyosin forces to

end-connecting structures. Increasing evidence points to the
Z-band (and to a lesser extent the M-line) as the nexus of
signaling pathways that define the muscle’s short- and long-
term response to physiological demand [120–122]. Sensitive
stress or strain sensors reside in the Z-band, particularly
in cardiac muscle, where they integrate and coordinate
the responses to internal and external mechanical signals.
Mutations and genetic polymorphisms in several Z-band
associated proteins have been implicated in adaptive and
maladaptive remodeling via complex, mechanically activated
cell signaling events whose details are just beginning to be
elucidated [120]. More studies are needed to identify how
differences in the mechanical properties of thin filaments and
thick filaments are interpreted by the elaborate sensing and
signaling complexes that reside in the Z-bands and M-lines.

(v) Filament stiffness and the corresponding strains
induced during muscle contraction promote sarcomeric
stability and influence muscle’s ability to sustain external
forces or repetitive cycles of high force. An extreme example
is seen in Drosophila IFM where the absence of flightin
leads to decreased thick filament stiffness and stability and
complete loss of muscle’s ability to sustain force [9, 74, 123].
Another example in skeletal muscles is that fast contracting
fibers are more easily damaged with large external forces
[124] and have increased sarcomere disarray and greater
force reduction after multiple contractions, especially near
physiological temperatures [125], compared to slow oxida-
tive fibers. These skeletal muscle fiber type differences in
stability may be due to different loads being transmitted to
the thick filaments during high force or repetitive loading
given that skeletal muscles express different proteins in the
M-line [126] and Z-band [97, 120], as well as different
isoforms of titin [99] based upon the type of myosin heavy
chain (MHC) expressed (e.g., MHC I or slow contracting
versus MHC IIA or fast contracting). In addition, thick
filament stiffness may be altered with fiber type due to
different intramolecular interactions between myosin rods
because of their varying amino acid sequences [127]. In
summary, the thick filaments from different fiber types may
vary in their stiffness and the forces experienced during
loading, altering their stability and susceptibility to damage.

(vi) The mechanical properties of the filaments may
influence how they align during myofibrillogenesis, and
whether the resulting structure is a simple lattice or a
superlattice [128].

This list of possibilities is by no means exhaustive and
many important questions remain to be answered. As we
learn more about the molecular composition and structure
of filaments from different muscle types and apply some of
the aforementioned techniques to elucidate their material
properties and those of their underlying components, we will
improve our understanding of the microscopic principles
that quantitatively and qualitatively define the salient features
of muscle and gain an appreciation for the remarkable
versatility of this most amazing machina carnis. This, in turn,
will contribute to our knowledge of the evolution of muscle,
its capacity for adaptation, and susceptibility to disease, and
open doors for using muscle filaments as a paradigm for
biologically inspired materials.
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The external muscle layer of the mammalian esophagus consists of striated muscles. We investigated the contractile properties of
esophageal striated muscle by comparison with those of skeletal and cardiac muscles. Electrical field stimulation with single pulses
evoked twitch-like contractile responses in esophageal muscle, similar to those in skeletal muscle in duration and similar to those in
cardiac muscle in amplitude. The contractions of esophageal muscle were not affected by an inhibitor of gap junctions. Contractile
responses induced by high potassium or caffeine in esophageal muscle were analogous to those in skeletal muscle. High-frequency
stimulation induced a transient summation of contractions followed by sustained contractions with amplitudes similar to those
of twitch-like contractions, although a large summation was observed in skeletal muscle. The results demonstrate that esophageal
muscle has properties similar but not identical to those of skeletal muscle and that some specific properties may be beneficial for
esophageal peristalsis.

1. Introduction

The external muscle layer of the mammalian esophagus
consists of striated muscle fibers, which extend from the
pharyngoesophageal junction to the thoracic or abdominal
portion [1–3]. This is in contrast to the tunica muscularis
of the stomach, small intestine, and large intestine which
are constituted entirely of smooth muscle. In humans and
cats, the upper and lower portions of the esophagus are
composed of striated and smooth muscle fibers, respectively,
with mixed composition of these fibers in the middle
portion. In dogs, ruminants, and rodents including mice,
rats, and hamsters, the muscle layer of the esophagus
consists largely of striated muscle fibers. These striated
muscle fibers were hitherto considered as “classical” skeletal
muscle fibers, innervated exclusively by excitatory vagal
efferents that arise from motor neurons originating in the
nucleus ambiguus and terminate on motor endplates [4–
6].

The major function of the esophagus is propulsion of
swallowed food into the stomach by peristalsis [7]. To
accomplish effective peristalsis, contraction of each muscle
needs to be well coordinated [8, 9]. The peristaltic motility
of small and large intestines is mainly regulated by the
intrinsic nervous system, which consists of intrinsic sensory
neurons, interneurons, and motor neurons that project into
the smooth muscle layers [8, 10–12]. In contrast, it has been
shown that peristalsis in the esophageal “skeletal” muscle is
controlled by the swallowing center in the medulla oblongata
through a mediation of extrinsic vagus nerves [7, 13–16].
However, recent studies have revealed that intrinsic neurons
also play roles in regulating the motility of the esophageal
striated muscle. Morphological studies have shown that
esophageal striated muscle receives dual innervation from
both vagal motor fibers originating in the brainstem and
varicose intrinsic nerve fibers originating in the myenteric
plexus, which is called “enteric coinnervation” of esophageal
motor endplates [3, 17]. We have also provided evidence that
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a local neural reflex pathway in the esophagus, consisting of
primary afferent neurons and myenteric neurons, can mod-
ulate motility of the striated muscle portion of the esophagus
[18–21]. Thus, both extrinsic and intrinsic neural regulations
would be important in coordinating the peristaltic motility
of the esophagus.

In addition to the neural mechanisms, contractile prop-
erties of smooth muscles are beneficial in coordinating
motility of small and large intestines. For instance, relatively
long duration time of each contraction enables summation
of contractions, which in turn results in effective com-
pression of the intraluminal space [22–24]. Furthermore,
coupling of neighboring cells by gap junctions would be
essential to adjust the timing of muscle contractions [9].
On the other hand, skeletal muscle fibers are insulated
from each other [25] and thus may be unfavorable for
coordinated motility. To compensate the disadvantages of
striated muscle, cardiac muscle possesses several specific
properties including expression of gap junctions [26]. We
speculated that the striated muscle of the esophagus also
has specific properties to establish coordinated peristaltic
motility.

Hence, the aim of the present study was to clarify the
contractile properties of esophageal muscle with focus on the
similarities to cardiac muscle. For this purpose, we compared
the mechanical responses of isolated preparations from the
esophagus, soleus muscle, and heart in rats.

2. Materials and Methods

2.1. Animals. Male Wistar rats (Rattus norvegicus, 12 weeks
of age and weighing 200–400 g) were used for the exper-
iments. They were maintained in plastic cages at 22 ±
2◦C with a 12:12 h light-dark cycle (light on 07:00–19:00 h)
and given free access to laboratory chow and water. The
experiments were approved by the Animal Care and Use
Committee of Gifu University.

2.2. Solutions and Drugs. During experiments, tissues were
maintained in Krebs’ solution consisting of (mM): NaCl
118.4, KCl 4.7, CaCl2 2.5, MgSO4 1.2, KH2PO4 1.2, NaHCO3

25, and glucose 11.7. High potassium Krebs’ solution
consisting of NaCl 4.7, KCl 118.4, CaCl2 2.5, MgSO4 1.2,
KH2PO4 1.2, NaHCO3 25, and glucose 11.7 was used for
inducing high potassium contracture. Tetrodotoxin was used
as a blocker of voltage-dependent sodium channels on
striated muscle cells. Halothane was used as an inhibitor
of gap junctions [27]. Caffeine was used as a releaser of
calcium from intracellular stores. Tetrodotoxin, halothane,
and caffeine were obtained from Sigma-Aldrich (St. Louis,
MO, USA). Tetrodotoxin was initially dissolved in citrate
buffer and then dissolved in Krebs’ solution to the desired
concentration. Halothane was directly dissolved in Krebs’
solution in an organ bath. Caffeine was initially dissolved
in Krebs’ solution to the desired concentration and then
Krebs’ solution was exchanged for caffeine-containing Krebs’
solution in an organ bath.

2.3. Tissue Preparations. Rats were anesthetized with diethyl
ether and were exsanguinated via the axillary arteries. The
abdominal and thoracic cavities were opened, and the
stomach, esophagus up to the larynx, heart, and lungs
were removed and immediately placed in a dish containing
precooled aerated Krebs’ solution. A 5 mm long segment
of the middle part of the thoracic esophagus was carefully
dissected out for mechanical recording. The heart was also
dissected out and retrogradely perfused through the aorta
with Krebs’ solution for washing out intracardiac blood.
The right ventricle was longitudinally cut into strips of
1 cm in length, 2 mm in width, and 1 mm in thickness. For
estimating mechanical activity of the representative skeletal
muscle, hind limbs were exposed and the soleus was excised
from both legs. The soleus muscle was also cut into strips of
the same size as that of heart muscle strips. For connecting
the heart and soleus muscle strips to the isometric tension
transducer, a silk-snare was placed at an end of each strip.

2.4. Recordings of Mechanical Activity. The whole segment
of each muscle preparation was transferred to a 3 mL ther-
mostatically controlled (35◦C) organ bath containing Krebs’
solution bubbled with 95% O2 + 5% CO2 gas mixture,
maintained at pH 7.4. For recording contractile responses of
the esophageal segments, two L-shaped stainless-steel pins
were introduced into the esophageal lumen; one pin was
fixed to the bottom of the organ bath and the other was
connected to the bar of the isometric force transducer (T7-
30-240; Orientec, Tokyo, Japan). For recording contractile
responses of the muscle strips isolated from the heart and the
soleus muscle, one end was fixed to an L-shaped hook at the
bath side and the other end was connected to an isometric
tension transducer via a placed silk-snare. The contractile
responses were recorded isometrically on PowerLab system
(ADInstruments, Bella Vista NSW, Australia) through an AC
amplifier (AS1202, NEC, Tokyo, Japan). An initial resting
tension of 1 g was applied to each preparation, which was
subsequently allowed to equilibrate for at least 30 minutes.

2.5. Electrical Field Stimulation. For inducing muscle con-
tractile response, electrical field stimulation (EFS) was
applied through a pair of platinum electrodes placed on
either sides of each preparation. EFS was applied using
an electronic stimulator (model SEN-3201, Nihon Kohden,
Tokyo, Japan) connected to the electrodes. For EFS with
single pulses, square-wave pulses of supramaximal intensity
(80 V) and 10 ms in duration were applied at intervals of 2
minutes. For repeated multipulse EFS, square-wave pulses of
supramaximal intensity (80 V) and 10 ms in duration were
applied at frequency of 20 Hz for 1 s.

2.6. Data Processing and Statistical Analysis. Data are pre-
sented as means ± standard deviation (S.D). Isometric
contractile responses were given as g contraction/mm3 tissue
volume. n indicates the number of separate preparations.
The significance of differences between mean values was
determined by one-way analysis of variance followed by
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Tukey-Kramer’s test. A P-value less than .05 denotes the
presence of a statistically significant difference.

3. Results

3.1. EFS-Induced Contractile Responses of Esophageal, Skele-
tal, and Cardiac Muscles. To clarify the contractile prop-
erties, the mechanical responses to EFS were recorded
in esophageal, skeletal, and cardiac muscle preparations.
Spontaneous contractions occurred without electrical stim-
ulations in some preparations of cardiac muscle but not
in preparations of esophageal and skeletal muscles (data
not shown). EFS with single pulses (voltage: 80 V, duration:
10 ms) evoked twitch-like contractions in all types of muscle
preparations (Figure 1(a)). The contractile responses were
abolished by tetrodotoxin (1 μM) in esophageal and skeletal
muscles, whereas the blocker failed to affect the contractions
in cardiac muscle (data not shown). The amplitude of
the twitch-like contraction of esophageal muscle was larger
than that of skeletal muscle and was comparable to that of
cardiac muscle (Figure 1(a)). The duration of the twitch-like
contraction of esophageal muscle was comparable to that
of skeletal muscle but shorter than that of cardiac muscle
(Figure 1(b)).

3.2. Characterization of Summation of Contraction in
Esophageal, Skeletal, and Cardiac Muscles. To determine
whether esophageal muscle shows summation of contrac-
tions, repeated EFS (80 V-10 ms, 20 Hz for 1 s) was applied
to the preparations. Skeletal muscle and cardiac muscle
preparations were also used to obtain positive and negative
controls of summation, respectively. Repeated multipulse
EFS evoked summation of contraction in skeletal muscle,
resulting in tetanic contractions (Figure 2(b)). In contrast,
cardiac muscle did not show summation of contraction
(Figure 2(c)). Esophageal muscle preparation responded to
all 20 individual stimulations and summated transiently in
response to the initial several stimulations (Figure 2(a)).
However, the response observed in esophageal muscle was
different from that in skeletal muscle. Maximal amplitude
of tetanic contractions was 2-3 times larger than that of
twitch-like responses induced by single-pulse EFS in skeletal
muscle (Figure 2(b)). Esophageal muscle reached a peak
of tetanic contractions after 3-4 pulses, the amplitude of
which was about 1.5 times larger than that of twitch-like
responses (Figure 2(a)). Then an amplitude similar to that
of the twitch-like contraction was sustained until the end of
the stimulations (Figure 2(a)).

3.3. Effects of an Inhibitor of Gap Junctions on EFS-Induced
Contractions in Esophageal and Cardiac Muscles. To clarify
the involvement of gap junctions in the contractile responses,
we examined the effects of an inhibitor of gap junctions,
halothane, on the EFS-induced contractions in esophageal
and cardiac muscles. Application of halothane (50 mM)
inhibited the contractions in cardiac muscle (Figure 3(b)). In
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Figure 1: Single-pulse electrical stimulation-induced twitch-like
contractions of esophageal, skeletal, and cardiac muscles in rats.
(a) Representative traces of the contractile responses to electrical
field stimulations (EFS) in esophageal, skeletal, and cardiac muscle
preparations are shown. EFS was applied by using single pulses
(voltage: 80 V, duration: 10 ms). Closed circles indicate the points
of EFS. (b) Summary graphs of the duration of the EFS-evoked
twitch-like contractions in esophageal (n = 16), skeletal (n = 6),
and cardiac (n = 5) muscle preparations. Each bar represents the
mean ± S.D. ∗∗ shows significant difference (P < .01). NS shows
no significant difference.

contrast, esophageal muscle contractions were not affected
by halothane (Figure 3(a)).

3.4. Contractile Responses Induced by High Potassium Stim-
ulation in Esophageal, Skeletal, and Cardiac Muscles. We
then compared the effects of high potassium stimulation on
the contractile responses in the three muscles. Application
of high potassium (118.4 mM) in the organ bath evoked
phasic contractions in esophageal and skeletal muscles
(Figure 4(a)). In contrast, cardiac muscle showed long-
lasting contractions, which were sustained at least for 2
minutes.
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Figure 2: Multipulse electrical stimulation-induced contractile
responses of esophageal, skeletal, and cardiac muscles. Represen-
tative traces of the contractile responses to single and multipulse
repeated EFS in esophageal (a), skeletal (b), and cardiac (c) muscle
preparations are shown. Similar results were reproducibly obtained
in five independent experiments. EFS was applied by using single
or repeated pulses (80 V-10 ms, 20 Hz for 1 s). Closed circles and
underbars indicate the points of single EFS and the location of
multiple EFS, respectively.

3.5. Contractile Responses Induced by Caffeine in Esophageal,
Skeletal, and Cardiac Muscles. Exogenous application of caf-
feine (20 mM), a releaser of calcium from intracellular stores,
caused two-phase contractions in esophageal and skeletal
muscles (Figure 4(b)). First-phase contraction occurred just
after application of caffeine and sustained the tension for

0

0.2

0.4

0.6
200 ms

C
on

tr
ac

ti
le

ac
ti

vi
ty

(g
/m

m
3
)

Halothane (50 mM)

(a)

0

0.2

0.4

0.6
200 ms

C
on

tr
ac

ti
le

ac
ti

vi
ty

(g
/m

m
3
)

Halothane (50 mM)

(b)

Figure 3: Effects of halothane on the contractile responses in
esophageal and cardiac muscles. Single-pulse EFS was applied in
the absence and presence of halothane (50 mM), an inhibitor
of gap junctions, and the contractile responses were recorded.
Representative traces of esophageal (a) and cardiac (b) muscle
preparations are shown. Similar results were reproducibly obtained
in four independent experiments.

about 5 minutes. After the first contraction, the tension
was increased again, inducing the second-phase contraction
(Figure 4(b)). On the other hand, cardiac muscle showed a
small sustained contraction.

4. Discussion

In the present study, we investigated the contractile prop-
erties of esophageal striated muscle by comparison with
those of other types of striated muscle, that is, skeletal and
cardiac muscles. The major findings are (1) EFS with single
pulses evoked twitch-like contractile responses in esophageal
muscle, similar to those in skeletal muscle in duration and



Journal of Biomedicine and Biotechnology 5

0

0.3

0.6

1 min

C
on

tr
ac

ti
le

ac
ti

vi
ty

(g
/m

m
3
)

Cardiac
muscle

Skeletal
muscle

Esophageal
muscle

(a)

0

1

2

3
10 min

C
on

tr
ac

ti
le

ac
ti

vi
ty

(g
/m

m
3
)

Cardiac
muscle

Skeletal
muscle

Esophageal
muscle

(b)

Figure 4: Contractile responses induced by high potassium or
caffeine in esophageal, skeletal, and cardiac muscles. Muscle
preparations were stimulated with high potassium (a) or caffeine
(b). Representative traces of the contractile responses in esophageal,
skeletal and cardiac preparations are shown. Similar results were
reproducibly obtained in five independent experiments. Underbars
indicate the application of high potassium (118.4 mM) and caffeine
(20 mM).

similar to those in cardiac muscle in amplitude, (2) EFS
with a high frequency induced a transient summation of
contractions followed by a sustained contraction with an
amplitude comparable to that of twitch-like contraction
induced by the single-pulse EFS, (3) an inhibitor of gap
junctions did not affect the esophageal contractions, and
(4) both high potassium stimulation and application of
caffeine induced contractions of esophageal muscle in a
manner analogous to that of skeletal muscle. These findings
suggest that contractile properties of esophageal striated
muscle are not identical to those of skeletal muscle. The
specific characteristics revealed in the present study might
be associated with effective peristalsis in the striated muscle
portion of the esophagus.

It has generally been accepted that striated muscle fibers
in the esophagus are a type of “skeletal” muscle [3, 5, 6].
In agreement with this, esophageal striated muscle showed
properties similar to those of skeletal muscle (soleus muscle)
in terms of duration of twitch-like contraction, sensitivity to
tetrodotoxin, and responses to high potassium or caffeine.
It was of interest to determine whether esophageal striated
muscle has the ability to contract spontaneously, but it
never showed contractile activity unless appropriate stimulus
was applied. This is also in line with the general concept
that esophageal muscle fibers are skeletal muscles. However,

summation of the contractions during tetanic stimulation
was not obvious in the esophageal muscle, although large
summation of contractions is one of the important char-
acteristics of skeletal muscles. Moreover, large amplitude
of twitch-like contraction in the esophageal muscle after
application of a single-pulse stimulus is analogous to that
in cardiac, but not skeletal, muscle. It is therefore thought
that esophageal striated muscle is similar but not identical to
skeletal muscle.

Low amplitude in twitch-like contraction is a potential
basis for large summation of contractions in skeletal muscle
since it provides a wide margin to summate sequential
contractions. It is thus reasonable to expect that the modest
summation of contractions in the esophageal muscle may
be related, at least in part, to the large amplitude of
contraction in response to single-pulse stimulation. In the
case of cardiac muscle, the large amplitude of twitch-
like contraction can contribute to generation of sufficient
ventricular pressure during isovolumic contraction and to
effective reduction of ventricular end-systolic volume [28–
30]. The absence of summation is also essential to ensure
diastolic intervals for ventricular filling [30]. Considering
that properties of cardiac muscle are adequately utilized to
accomplish effective pumping out of blood in the heart,
the properties of esophageal muscle would be suitable for
the esophageal peristalsis. In contrast to small and large
intestines, where intraluminal contents are usually chyme,
the esophagus needs to propel solid foods rapidly. For
this purpose, rapid and large contraction of the esophageal
muscle in response to neural messages may be convenient.
Furthermore, esophageal function is specialized for propul-
sion, but not agitation or retention [7, 16]. It is therefore
most probable that keeping the maximal contraction at
a particular portion of the esophagus is dispensable but
that dilation of muscle after propelling the intraluminal
contents is required to receive additional foods or to prevent
stagnation. Accordingly, it seems likely that only a transient
summation of contractions, which is one of the specific
properties of esophageal muscle, is suitable for the function
of the esophagus.

In the cardiac muscle preparation, EFS applied at 20 Hz
caused one complete twitch-like contraction followed by
small rise in tension. It is well established that the lack
of summation in cardiac muscle depends on a long-lasting
refractory period of the action potential, which results
in substantial overlapping between the refractory period
and duration of contraction [30]. However, the refractory
period of esophageal muscle would not overlap with its
contraction. This is based on the fact that esophageal muscle
contractions induced by high-frequency stimulation were
maintained after the transient summation, with the ampli-
tudes being comparable to those of twitch-like contractions.
Taking into consideration the fact that strength of striated
muscle contraction is correlated with intracellular calcium
concentration [31], it can be postulated that esophageal
muscle has the ability to keep calcium level at a constant
level during repeated stimulation. Since caffeine, a calcium
releaser from the intracellular calcium store, caused similar
tetanic contractions in esophageal and skeletal muscles, it is
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possible that calcium uptake into the store is unique in the
esophageal striated muscle.

Electrical coupling of cardiac muscle cells through gap
junctions is essential for coordinated contraction [32, 33]. In
the present study, we tried to elucidate the possible involve-
ment of gap junctions in coordination of the contractions of
esophageal striated muscles. An inhibitor of gap junctions,
halothane, failed to affect EFS-induced contractile responses
in esophageal muscle, whereas the inhibitor blocked those in
cardiac muscle. Gap junctional protein connexin 43, which is
a major connexin expressed in cardiac muscles [32], was not
detected in esophageal muscles in our immunohistochemical
analysis (unpublished observation). At present, the most
probable conclusion is that esophageal muscles do not couple
to each other through gap junction channels. However, gap
junction channels are formed by a family of more than
20 connexin proteins [34, 35], and halothane might not
inhibit all of the gap junction proteins. Hence, there remains
the possibility that the halothane-insensitive channels are
operated in the esophageal muscles.

5. Conclusion

We characterized the contractile properties of esophageal
muscle in comparison with those of skeletal and cardiac
muscles in rats. The results demonstrate that esophageal
muscle has properties that are similar but not identical to
those of skeletal muscle. It is thought that some specific
properties of esophageal muscle may be beneficial for
peristaltic motility in the esophagus.
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The sternomastoid (SM) muscle plays an important role in supporting breathing. It also has unique anatomical advantages that
allow its wide use in head and neck tissue reconstruction and muscle reinnervation. However, little is known about its contractile
properties. The experiments were run on rats and designed to determine in vivo the relationship between muscle force (active
muscle contraction to electrical stimulation) with passive tension (passive force changing muscle length) and two parameters
(intensity and frequency) of electrical stimulation. The threshold current for initiating noticeable muscle contraction was 0.03 mA.
Maximal muscle force (0.94 N) was produced by using moderate muscle length/tension (28 mm/0.08 N), 0.2 mA stimulation
current, and 150 Hz stimulation frequency. These data are important not only to better understand the contractile properties
of the rat SM muscle, but also to provide normative values which are critical to reliably assess the extent of functional recovery
following muscle reinnervation.

1. Introduction

The sternocleidomastoid (SCM) muscle lies on the lateral
side of the neck. Anatomically, it is composed of two bellies,
a medially and superficially localized sternomastoid (SM),
and a laterally and deeply positioned cleidomastoid (CM).
Functionally, the SCM participates in head movements and
respiration [1]. In respiration, it serves as an “accessory”
inspiratory muscle in the neck. Activation of the SCM causes
cranial displacement of the sternum and ribcage during
conscious inspiratory efforts [2–4]. In general, the SCM is
not active during resting breathing, but contracts during
strong respiratory efforts [5]. Previous studies demonstrated
that the SCM plays a particularly important role in patients
with obstructive lung disease, where its increased activ-
ity even at rest improves oxygen delivery to the lungs
[2].

As the SM belly is located more superficially in the neck
and has a relatively larger muscle mass when compared
with the CM belly, it has been widely used as a muscle
or myocutaneous flap for reconstruction of oral cavity and

facial defects [6, 7]. In addition, the SM muscle [8] and
cervical strap muscles [9, 10] have been commonly used in
laryngeal and facial reinnervation.

We have a longstanding interest in the development of
novel surgical techniques to effectively reinnervate paralyzed
muscles as the presently used reinnervation methods result
in poor outcomes (for review see [11, 12]). Although the
nerve-muscle pedicle (NMP) technique has been commonly
employed to treat laryngeal and facial paralysis in animal
experiments and clinical practice, controversy exists con-
cerning the optimal results and success rate of the functional
recovery [13–16]. In our on-going reinnervation studies,
the SM muscle has been chosen as a studied muscle in a
rat model because this muscle has anatomical advantages
over other neck muscles. Specifically, the SM muscle and its
innervating nerve can be easily accessed and manipulated.
In addition, we have established a large database regarding
the patterns of nerve supply, motor endplate morphology,
and muscle fiber-type distribution of the SM muscle in the
rat (unpublished data) which is critical for designing new
reinnervation procedures.
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A number of morphological and physiological approach-
es have been used to assess the success of axonal regeneration
and the extent of functional recovery of a reinnervated mus-
cle after a given reinnervation procedure. Electromyography
(EMG) [17, 18] and muscle force measurement [19–22]
are often used to assess functional recovery after muscle
reinnervation. The amplitude and frequency of the recorded
EMG bursts are indicative of the quantity of the activating
motor units involved in a given motor task. However,
the maximum force provides a better overall estimate of
the mechanics of a whole muscle, and the muscle force
measurements are usually used to evaluate quantitatively
the mechanical function and contractile properties of a
reinnervated muscle.

Although some researchers investigated in vivo SM
muscle force in rabbits [23], the force characteristics of the
SM muscle in rats have never been determined. Measuring
the force of isometric tetanic muscle contraction can be an
invaluable tool to evaluate muscle strength after nerve injury
and subsequent repair [21, 24]. Intraspecimen comparison
seems to be a practical method for evaluating the recovery
of maximum force. It has been recognized that opposite
muscles have the same strength in healthy animals [25].
However, after unilateral injury, the left-right muscle balance
is not present any more. The healthy muscle is overstrained,
as it is now responsible for the constant support of functions
previously maintained by muscles from both sides. It leads to
changes in the anatomical and physiological characteristics of
the neuromuscular system at the noninjured side. Therefore,
interspecimen normative data are needed for a nonbiased
evaluation of the degree of recovery in a reinnervated
muscle.

The present study is focused on determining the muscle
force characteristics of the SM muscle in healthy rats. These
results would provide normative data which could be useful
for understanding the physiological role of the SM muscle
and for evaluating the extent of functional recovery after
reinnervation of a paralyzed SM muscle. We would also like
to establish the optimal stimulation parameters which could
be used to produce the strongest isometric force by this
muscle.

2. Materials and Methods

2.1. Animals. Twelve adult (3.5 months old) Sprague-Dawley
male rats (Charles River Laboratories, MA), weighing 350–
450 grams, were used in this study. Previous studies [26]
showed that there is no gender difference in rat upper airway
muscle force and other muscle contractile properties. The
animals were provided with ad libitum access to food and
water and housed in standard cages in a 22◦C environment
with a 12:12-h light-dark cycle. All experimental procedures
were reviewed and approved by the Institutional Animal Care
and Use Committee prior to the onset of experiments. The
experiments were performed in accordance with the Guide
for Care and Use of Laboratory Animals published by the US
National Institutes of Health (NIH Publication no. 85-23,
revised 1996). All efforts were made to minimize the number
of animals and their suffering in the experiments.

2.2. Surgical Procedures. All rats underwent open neck
surgery under an Olympus SZX12 Stereo zoom surgical
microscope (Olympus America Inc., Center Valley, PA) to
expose the right SM muscle through a midline skin incision
from the hyoid bone to the sternum. Animals were anes-
thetized with an initial intraperitoneal injection of ketamine
(80 mg/kg body wt) and xylazine (5 mg/kg body wt); supple-
mentary doses were administered as needed to maintain an
adequate state of anesthesia. The rat was placed on a heating
pad (homeothermic blanket system, Stoelting, Wood Dale,
IL) to maintain its temperature at 35◦C.

2.3. Muscle Preparation. Our studies have demonstrated that
the rat SM is supplied by a branch derived from the spinal
accessory nerve and has a single motor endplate band at
the midpoint of the muscle (data not shown). The right
SM muscle and its innervating nerve were isolated from
surrounding tissues and prepared for nerve stimulation
and force measurement. First of all, the rostral tendon of
the SM was identified, transected, and attached with a 2-
0 suture to a servomotor lever arm (Model 305B Dual-
Mode Lever Arm System, Aurora Scientific Inc., Aurora,
Ontario, Canada, see Figure 1). The adjustable arm of the
servomotor was used to alter muscle length and to provide
a measure of muscle force. Then, the SM nerve was placed
on a bipolar stimulating electrode constructed from two
hooked silver wires separated by 4 mm (Figure 1) attached
to a high precision micromanipulator (Narishige Scientific
Instruments, Tokyo, Japan).

2.4. Nerve Stimulation and Muscle Force Measurement. Iso-
metric contraction of the SM muscle was obtained with
two 200 ms trains of biphasic rectangular pulses (0.2 msec
duration) separated by a 20-second break. A break of at
least 1 minute was used before trying subsequent pairs of
trains. The maximum value of muscle force during each
200 ms contraction was identified. The maximal force during
the first and second stimulation trains was averaged. Initial
passive tension before stimulation was subtracted from this
value. This difference between output force and preload
force represents the muscle force measurement. Typically,
current was set to 0.1 mA and frequency of stimulation
to 200 Hz. The force generated by the contraction of the
SM muscle was transduced with the servomotor of a
305B lever system and displayed on a computer screen.
At the moment of force measurements, the lever arm was
stationary.

To prevent cooling and drying, the SM muscle and nerve
were regularly bathed with warm mineral oil throughout
the testing. Although changes in muscle temperatures above
25◦C significantly influence twitch force, they only have a
small influence on tetanic force [27, 28]. To reduce the
variability of collected force data, the temperature of the
SM muscle was monitored regularly and maintained between
35-36◦C.

During force measurement, several parameters influenc-
ing force production were examined to establish the optimal
settings for obtaining maximum muscle force as described
below.
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Figure 1: A diagram of the data acquisition system, which provides electrical stimulation and records muscle force. Note that a dell laptop
with user written software in Labview 8.2 is used to control the experiment. The SM muscle is detached from its rostral tendon and attached
to the lever of servomotor, which controls muscle stretch and measures muscle force. Electrical stimulation with parameters controlled by
LabView software (National Instruments) is generated by the Multifunctional board 6251 (National Instruments) and delivered to the SM
nerve. Data are analyzed off line with DIAdem 11.0 software (National Instruments).

2.4.1. Muscle Length/Tension. As maximal muscle force can
be generated at optimal muscle length, we examined the
length-force relationship. Muscle length was controlled by
gradually stretching the SM muscle using the lever arm to
pull the muscle with different tensions (very low tension—
0.04 N, low tension—0.06 N, medium tension—0.08 N, high
tension—0.1 N, and very high tension—0.24 N). Finally,
the length of the muscle (in millimeters) was measured
at different levels of passive tension (0.04–0.24 N). These
passive tension values were chosen based on our preliminary
studies. The optimal tension that generates the highest
muscle force was determined by our preliminary work and
confirmed in the experimental group presented in this paper.
The muscle force at a given muscle length was measured in
response to electrical stimulation with a train of pulses of
0.1 mA current, at a frequency of 200 pulses per second.

2.4.2. Stimulation Intensity. The SM muscle was stretched
with the medium tension of 0.08 N at which the highest
muscle force was consistently produced. Then, the muscle
force was measured as a function of stimulation current. The
intensity of stimulation current was increased starting from
0.01 mA through the level where the muscle force reached a
plateau (about 0.1 mA) and continued at the supramaximal
level until 0.5 mA.

2.4.3. Stimulation Frequency. To analyze the other param-
eters responsible for maximum force generation, a force-
frequency curve was built. Two trains of stimuli (200 msec
duration each, with a rest period of 20 seconds between
contractions) with incrementally increasing frequencies were

delivered. The stimulation frequency was increased gradually
from 5 Hz (when only one pulse during the 200 ms stimula-
tion period was given and could be used to evaluate twitch
muscle force), through frequencies for which the muscle
force reached a plateau (about 100 Hz) and continued to
increase until 500 Hz.

2.5. Muscle Weight. Following the completion of isometric
force testing, the rat was euthanized with an overdose of
anesthetic. The entire SM muscle was removed and weighed
(in grams).

2.6. Data Acquisition System. The experiment was controlled
by an Acquisition System built from a multifunction I/O
National Instruments Acquisition Board (NI USB 6251, 16
bit 1.25 Ms/s, National Instruments, Austin, TX) connected
to a DELL laptop with a custom written program using
labVIEW 8.2 software (National Instruments, see Figure 1).
The system produced two output signals with all parameters
set by the user through virtual control knobs created by the
LabView program. One output provided stimulation pulses,
which after isolation from the ground through an optical
isolation unit (Analog Stimulus Isolator Model 2200, A-
M Systems, Inc, Carlsborg, WA) were used for the current
controlled nerve stimulation. The other output provided a
position signal, which was used by the servomotor of the
305B Dual-Mode Lever System to control muscle length. The
Acquisition System was also used to collect a muscle force
signal from the 305B Dual-Mode Lever System. Collected
data were analyzed offline with DIAdem 11.0 software
(National Instruments).
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2.7. Statistical Analysis. Experimental variables included
three independent variables (initial passive tension before
stimulation, current and frequency of stimulation) and one
dependent variable: muscle force generated during stimu-
lation. Minimal stimulation current (when the stimulation
train was set at 200 Hz), minimal stimulation frequency
(when stimulation pulses were set at 0.1 mA), and optimal
length of the muscle (when stimulation parameters were set
at 0.1 mA and 200 Hz), which were able to produce maximal
tetanic muscle contraction, were described by the means
and standard deviations. The t-test for pairs was used to
determine the statistical significance of difference between
data points. The significance level was set at P < .05.

3. Results

SM muscle force was defined as the difference between
maximal muscle contraction observed during electrical
stimulation (with 200 ms train of pulses) and the initial
tension of the muscle just before stimulation. Our goal was
to establish optimal muscle length and characteristics of
muscle force generated by electrical stimulation, which could
be used in our further studies as a reference (muscle force
generated by the muscle with an intact nerve) to evaluate the
level of muscle force recovery after reinnervation. Therefore,
we evaluated how muscle force depends on initial passive
tension and how it changes with intensity and frequency of
nerve stimulation.

3.1. Optimal Muscle Length/Tension for Maximal Muscle
Force. Muscle force is a function of muscle length produced
by an initial stretch of the muscle before electrical stimula-
tion. The muscle was stretched with the following tensions
before stimulation: very loose (0.04 N), loose (0.06 N),
moderate (0.08 N), tense (0.1 N), and very tense (0.24 N).
We used 0.1 mA pulses at 200 Hz. The averaged data from
the whole group of rats illustrating the decrease of muscle
force at different passive tensions is shown in Figure 2. The
typical length-force “inverted U” relationship was found as
described by others [29, 30].

The muscle force was found to be the highest (mean
= 0.94 N), when the muscle was initially stretched at a
moderate tension (set at 0.08 N). Decreasing initial tension
to “loose” (set at 0.06 N) decreased muscle force by 12%
(0.82 N—statistically significant decrease P < .01, t = 3.2,
two-tailed t-test for pairs, df = 11), whereas increasing
initial tension to “tense” (set at 0.1 N) reduced muscle force
by 6% (0.88 N—not statistically significant decrease, P > .05,
t = 0.5, df = 11).

3.2. Muscle Force Evoked by Different Intensity of Stimulation.
To examine the relationship between muscle force and
stimulation current, we varied the current from 0 to 0.5 mA
at 200 Hz trains of pulses when the muscle was stretched
with moderate tension of 0.08 N, which produced optimal
muscle length. Figure 3 shows the time course of muscle force
responses to different stimulation currents in a representative
rat. The difference between the maximal force produced by

0 0.1 0.2 0.3

Tension (N)

0

20

40

60

80

100

Fo
rc

e
(%

)

Group average

Figure 2: Muscle force as a function of passive tension before
stimulation. This force-tension curve was normalized by maximal
force to illustrate the rate of decline of force at different passive
tensions (set up just before electrical stimulation). The nerve was
stimulated with 0.1 mA pulses at 200 Hz. The group average is
shown. Vertical bars represent standard error of the mean. Nerve
stimulation at moderate tension of the muscle (0.08 N) yielded
maximal muscle force (0.94 N). The data presented in this and all
following figures were collected, when the nerve was stimulated
with a 200 ms train of biphasic pulses of 0.2 ms width.

the SM muscle during nerve stimulation and the passive
tension before stimulation was used to generate the current-
force curve. The relationship between the density of force
produced by the SM muscle (normalized by it’s cross-
section area) and stimulation current in the group average
is shown in Figure 4. In most of our animals, 0.03 mA was
the threshold current, which produced noticeable muscle
contraction. Contraction force gradually increased with an
increase of stimulation current until reaching the level of
maximal muscle force at a stimulation current between
0.1 mA and 0.2 mA. In most of our animals, increasing
stimulation current from 0.1 mA to 0.2 mA still produced
an increase in muscle force (in average 11% increase—
statistically significant increase P < .05, t = 2.3, two-tailed
t-test for pairs, df = 11). Further increases of stimulation
current did not increase muscle force.

3.3. Muscle Force as a Function of Stimulation Frequency. We
also analyzed how muscle force changes with regard to the
frequency of stimulation pulses (from 0 to 500 Hz). We used
a 200 ms train of 0.1 mA pulses. The muscle was stretched
with a moderate tension (0.08 N). Figure 5 illustrates in a
representative rat the muscle force in response to 6 different
frequencies of stimulation (maximal values of force for each
frequency were measured to create a frequency-force curve).
Stimulation pulses below 25 Hz produced individual twitches
of the muscle in response to each pulse separately, with a
small summation of responses observed already at 25 Hz. The
frequency-density relationship of muscle force (normalized
by cross-section area of the muscle) in the group data is
shown in Figure 6. Muscle force increased with stimulation
frequency, starting at 25 Hz (with almost a full tetanic fusion
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Figure 3: Force measurements from a representative rat, showing the stimulation intensity-force relationship. (a and b) show the time course
of muscle force produced by electrical stimulation of the SM nerve at eight different intensities. Note that stimulation at 0.1 mA resulted in
maximal muscle contraction. (c) illustrates the outcome from these 8 measurements—the relationship between muscle force and stimulation
intensity.

0 0.1 0.2 0.3 0.4 0.5

Current (mA)

0

10

20

30

40

50

60

70

Fo
rc

e
de

n
si

ty
(m

N
/m

m
2
)

Group average

Figure 4: Muscle force as a function of stimulation current.
This group average shows the density of force produced by the
SM muscle and normalized by its cross-section area at different
stimulation currents. Vertical bars represent the standard error of
the mean. The passive tension was at a moderate level (0.08 N). The
nerve was stimulated at 200 Hz.

of force at 50 Hz) and reached maximal value at 150 Hz.
Further increases of stimulation frequency (above 300 Hz)

produced a small but consistent decrease of muscle force.
The muscle force generated by the stimulation train of
500 Hz (the highest frequency used in this study) was 21%
smaller than that generated by the stimulation of 150 Hz.
The difference was statistically significant (P < .01, t =
3.5, two-tailed t-test for pairs, df = 11). A similar shape
of the frequency-force relationship was seen for different
stimulation currents (see Figure 7).

3.4. Muscle Length and Weight. Immediately after the experi-
mental session, the length of the SM muscle was measured at
different stretching forces, and then the muscle was removed
and weighed. The average length was 25.7 mm (range 24–
27 mm) at very loose tension (0.04 N), 26.8 mm at loose
tension (0.06 N), 27.7 mm at moderate tension (0.08 N),
28.6 mm at tense (0.1 N), and 31.4 mm at very tense (0.24 N).
The average muscle weight was 0.50 g (range 0.47–0.53 g).

4. Discussion

This study investigated the muscle force features of the
SM muscle in a rat model. We determined the correlations
of muscle force (active muscle contraction to electrical
stimulation) with passive tension (passive force changing
muscle length) and two parameters of electrical stimulation,
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Figure 5: Illustration of muscle force measurement as a function of stimulation frequency in a representative rat. Individual muscle
contractions to stimulation pulses at different frequencies are shown in red. Single stimulation pulses are indicated by green vertical lines.
The muscle responded with single twitches until 25 Hz. At 50 Hz the muscle contractions were fused. With an increasing frequency of
stimulation, the muscle responded with increased force, which reached a plateau at about 150 Hz.

intensity and frequency. There are several key findings of
this study. First of all, moderate muscle length/tension
(28 mm/0.08 N) produced maximal muscle force (0.94 N).
Second, 0.03 mA was the threshold current for initiating
noticeable muscle contraction. Third, 0.2 mA was the stimu-
lation current which produced the maximal force in the SM.
Finally, the stimulation frequency that produced maximal
muscle force was about 150 Hz. Taken together, in the normal
rat, maximal force in the SM can be produced with moderate
passive tension, 0.2 mA current, and 150 Hz frequency. These
findings are important not only for better understanding
the contractile properties of the rat SM muscle, but also
for providing normative values which would be useful for
reliably evaluating the extent of functional recovery induced
by muscle reinnervation.

4.1. Passive Tension-Muscle Force Relationship. Muscle length
is an important variable affecting active muscle force gener-
ated in response to electrical stimulation. However, establish-
ing the optimal length of the muscle, which could produce
maximal muscle force, requires lengthy investigation at many
different lengths each time a new muscle is studied.

The present study shows the highest SM muscle force
when the muscle is stretched with a tension of 0.08 N before
stimulation (8.5% of maximal isometric tetanic force). Data
from this study showed the typical “U shape” relationship
between length and force in the SM muscle. Our results are
consistent with the general characteristics obtained in muscle
force measurements where other muscles were studied in
the rat and other species [23, 25]. Optimal muscle length
also varies with stimulation frequency. A higher optimal
muscle length was found for lower stimulation frequencies
as described [29, 31]. A straightforward and efficient method
to stretch a muscle to optimal length, which would result in
optimal active muscle force, is to apply a passive force to the
muscle with the previously established tension. Therefore, we
analyzed the relationship between passive tension stretching
a muscle and active force generated by the muscle in response
to electrical stimulation.

Previous studies showed a very wide range of optimal
passive tensions in different muscles and species which allow
muscles to be stretched to optimal length and contract
with maximal force. Celichowski et al. [32] stretched the
rat’s medial gastrocnemius muscle up to a passive tension
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Figure 6: Muscle force as a function of stimulation frequency. The
group data shows the relationship between muscle force density
(normalized to cross-section area) and stimulation frequency.
Vertical bars represent standard error of the mean. The passive
tension was at a moderate level (0.08 N). The nerve stimulation
current was 0.1 mA.
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Figure 7: A representative example in an individual rat to show
the relation between muscle force and stimulation frequency at
two levels of stimulation current. The passive tension was at a
moderate level (0.08 N). The nerve stimulation current was 0.1 mA
(continuous line) or 0.075 mA (dashed line). Muscle force is higher
for a bigger current but otherwise both curves share similar
characteristics with a slight decline of force for the highest frequency
of stimulation.

of 100 mN to get muscle contraction with maximal force.
Johns et al. [33] studied the length-tension relationships in
the thyroarytenoid and digastric muscles of the cat. They
showed that the thyroarytenoid muscle requires 0.14 N of
passive tension (39% of maximal isometric tetanic force)
to stretch the muscle to optimum length (Lo), whereas the
digastric muscle requires a much smaller 0.028 N of passive
tension (9% of maximal isometric tetanic force). The authors
claimed that a large passive tension of the thyroarytenoid
muscle is needed to allow a modulation of tension in the

vocal cord during phonation. The underlining mechanism
can be also related to a considerable amount of connective
tissue in parallel with the muscle fibers. Krier et al. [34]
found substantial passive tension in the striated muscle of
the external anal sphincter when the muscle was stretched
to optimal muscle length (12% of active isometric tetanus
tension). The authors hypothesized that the substantial pas-
sive tension of this muscle provides a sphincteric contractile
tone and plays a role in the maintenance of fecal continence.
Floyd and Morrison [35] studied cat and sheep esophageal
striated muscle strips. They found that the passive tension
at the optimal length is equal to 10% of the active isometric
contraction. Kim et al. [36] studied the canine diaphragm.
The optimal muscle length (for maximal force) was 125%
of the muscle length at which passive tension was noticed
for the first time. At the optimal length, resting tension
was 12% of active muscle force. The authors speculated
that their diaphragm’s length-tension curve may represent
an evolutionary adaptation to the volume and pressure
requirements of mammalian respiration. The position of the
length-passive tension curve with respect to the length-active
tension curve might also depend on the amount of elastic
material in the muscle [37]. Therefore, the removal of a
substantial amount of connective tissue from a muscle for
testing the muscle outside a body may also lead to different
length-passive tension curve (as compared to testing the
same muscle in vivo). Farkas and Rochester [38] showed
that the canine SM and other inspiratory muscles do not
share common length-tension properties or resting lengths.
The muscles modify different resting lengths with lung
volume and body position. These changes in muscle lengths
influence muscle force generating capacity.

Large muscle stretching during measurement could have
a detrimental impact on subsequent measurements due to
stretch-induced damage. Davis et al. [39] reported length-
tension data from the rabbit tibialis anterior. They used
excessive tensions and showed that passive muscle force
grows with an increase of muscle length until reaching almost
(92%) of maximal active muscle force (12 N) and then starts
to decrease. The authors speculated that the decrease in
passive muscle force is “presumably due to injury of passive
muscle structures such as the surrounding connective tissue
or intracellular parallel structures”. In our study, maximal
passive tension was only 0.24 N, about 25% of maximal
active force generated by the SM muscle (0.94 N), which
is considerably less than 92% of the passive tension limit
beyond which Davis et al. observed decline in passive force.
A tension of 0.24 N when recalculated per the relatively large
muscle cross-sectional area of our SM muscle (17.5 mm2)
produced quite a limited density of force 13.7 mN/mm2

which should not produce excessive or damaging tension on
muscle fibers.

Normalized force by cross-section area in our rat SM
muscle was 54 mN/mm2 (940 mN/17.5 mm2), which is lower
than that obtained from the rabbit sternocleidomastoid
muscle as reported by Falkenberg et al. [23]. In the rabbit
maximal tetanic force of sternocleidomastoid muscle (during
stimulation with 1s train of 0.3 ms pulses at 100 Hz) was
about 4.5 N whereas a cross-section area of the muscle
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was 39 mm2, which results in a muscle force density of
115 mN/mm2.

4.2. Stimulation Intensity-Force Relationship. Our results
showed that SM muscle force in the rat grows with stim-
ulation current until about 0.1-0.2 mA when it reaches a
plateau. The threshold of stimulation current, which can
generate muscle contraction with noticeable force, is about
0.03 mA. Muscle force characteristics were repeatable across
different animals and therefore can be used as a normal
control reference in reinnervation studies.

In many previous muscle force studies, due to the
simplicity of the stimulator’s circuitry and the necessity for
safety during nerve stimulation (limited maximal amplitude
of stimulation), the nerves were stimulated with rectangular
pulses with regulated voltage. For example, Yoshimura et al.
[21, 24] stimulated the peroneal nerve with bipolar silver
electrodes and recorded muscle force from the extensor
digitorum longus in the rat. The authors used a 250 ms
train of 0.2 ms pulses with a regulated voltage between 2
and 6 V. Cheng et al. [40] used a 30 V train of 0.2 ms pulses
at 100 Hz to stimulate the femoral nerve and record force
from the rectus femoris muscle in rabbits. The amplitude of
stimulation pulses, which produced maximal active muscle
force, was influenced by electrode placement on the nerve
and varied radically across the different muscles and species
used in those studies.

Stimulation with regulated current provides more repro-
ducible results than stimulation with regulated voltage.
Regardless of electrode impedance, a reproducible electric
field can be created within stimulated tissue [41]. Therefore,
we used stimulation with regulated current in the present
study. Roszek et al. [29] stimulated the ischiadic nerve with
bipolar silver electrodes and recorded force from the medial
gastrocnemius muscle in a rat. They used 200 ms trains
of 0.1 ms pulses of 3 mA current at different frequencies.
Gradation in stimulation frequency from 15 to 100 Hz
produced gradation in muscle force. Frieswijk et al. [42]
searched for the threshold current for a single 0.1 ms pulse
(monopolar stimulation of peroneal nerve with NiCr wire),
which can generate a minimal muscle twitch response in the
extensor digitorum longus in the rat. They found that the
threshold current can be as low as 0.0026 mA.

On the basis of the discussed results, we selected the
optimal circumstances (initial passive tension and electrical
stimulation parameters) for the rat SM muscle to contract
with maximal force. This maximal muscle force will be used
as a target level in our further study of muscle force recovery
in a denervated SM muscle where different reinnervation
techniques will be compared.

4.3. Stimulation Frequency-Force Relationship. Our exper-
iments demonstrated that SM muscle force grows with
the frequency of pulses until about 100–200 Hz when it
reaches a plateau. A further increase of stimulation frequency
produces a slight decrease of muscle force. The muscle force
fusion frequency is higher than 50 Hz. The relatively high
frequency of tetanic fusion might result from muscle fiber

type composition. The SM muscle is a fast muscle with
over 80% of type II fibers (in rats Luff [43] in rabbits
and primates McLoon [44] as well as our unpublished
data in rats). Our results from the rat SM muscle are in
agreement with those from other muscles or species used
in previous studies. For instance, Devrome and MacIntosh
[45] analyzed the force-frequency relationship for a rat
gastrocenemius muscle with sciatic nerve stimulation using
a 100 ms train of 0.05 ms pulses at a frequency up to
200 Hz. They found the shape of the muscle force curve,
which is similar to that observed in the present study with
the highest muscle force at 200 Hz. Interestingly, for this
frequency of stimulation (200 Hz) muscle force was also
significantly less sensitive to repetitive fatiguing contractions
than for a lower frequency of stimulation (<100 Hz). This
finding would indicate that the stimulation train of 200 Hz
might be preferable to use (generating stronger and less
variable contractions than stimulation at 100 Hz) in our
further study evaluating the level of tetanic force recovery in a
reinnervated muscle. Roszek et al. [29] showed an interaction
between the frequency of gastrocnemius stimulation and the
length-force characteristics (shifting optimal muscle length
to longer values with low frequency of stimulation (<50 Hz)).
However, with a higher frequency of stimulation this shift
of optimal length was minimal. Therefore, 200 Hz would be
preferable over lower frequencies of stimulation to eliminate
this confounding variable.

The results of Roszek et al. point out that the commonly
used procedure of establishing optimal muscle length only
once at the beginning of the study with a particular frequency
of stimulation might not be appropriate when the muscle
force is later analyzed at different frequencies. Repetitive
testing to reveal the force-length relationship at all studied
frequencies seems to be more appropriate. However, the
analysis of Roszek et al. also showed that the optimal
muscle length changes significantly with the frequency of
stimulation only when the stimulation frequency is very
low—below 40 Hz. There was no significant difference in
optimal muscle length between stimulation at 50 Hz and
100 Hz. Stimulation frequencies below 40 Hz were not the
focus of the present study, because one of our main goals
was to establish optimal stimulation parameters which would
generate a frequency fused contraction of maximal force
in the SM muscle. Our investigations showed that muscle
contraction to a train of stimulation pulses starts to be fused
at about 50 Hz (see Figure 5). At this frequency muscle
force reaches only about 60% of maximal force reached at
100–200 Hz (see Figures 6 and 7). Our study was focused
at higher frequencies of stimulation where the change in
optimal muscle length for maximal muscle force was not
significant.

Brooks et al. [46] compared the force-frequency rela-
tionships between slow soleus and fast extensor digitorum
longus (EDL) muscles in mice. Isometric force grew faster
and reached a plateau at about 110 Hz for the soleus muscle
(with a possible slight decline at 250 Hz), but was still
growing with the frequency set at 350 Hz in the case of the
EDL muscle. These observations once again indicate that
maximal muscle force is produced with a high frequency
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of stimulation and that the optimal frequency reflects the
proportion of fast to slow fibers. Marsh et al. [47] studied
the force-frequency relationship in the rat tibialis anterior
with stimulation of the peroneal nerve with a 250 ms train
of pulses of different frequencies (50–300 Hz). The authors
found a similar relationship between force and frequency as
observed in the present study (with decreased force at higher
frequencies). The stimulation frequency, which generated
maximum muscle force, decreased slightly in older animals.
The strongest muscle contraction was produced at 200 Hz in
young rats (3 months old) and at 150 Hz in older rats (1.5–
2.5 years old). Older (as well as injured) rats also showed
“tetanic fade” (rapid decrease of muscle contraction despite
continued stimulation) at a higher frequency of stimulation.
The tetanic fade was particularly pronounced at the highest
frequency (300 Hz) used by the authors. Therefore, in our
further study on muscle reinnervation, the 200 Hz would be
a preferable stimulation frequency over 300 Hz to achieve
maximal muscle force and to reduce the influence of tetanic
fade as confounding factor.

Falkenberg et al. [23] examined twitch and tetanic force
generation in the sternocleidomastoid muscle in rabbits (by
stimulation of the spinoaccessory nerve). The muscle was
stimulated with a 1s train of 0.3 ms pulses with a growing
frequency until 100 Hz. Muscle force was the largest for
100 Hz but the force might be still larger if the authors would
have used a higher stimulation frequency. The single twitch
muscle force was 0.44 N ± 0.06 and tetanic muscle force
was about 10× larger for stimulation with a 100 Hz train
of pulses. The present study showed a similar relationship
between tetanic and twitch force in the rat. Interestingly,
Falkenberg et al. [23] also noticed that muscle force induced
by direct muscle stimulation is similar to that induced by
nerve stimulation. These findings are consistent with our
results obtained from the rat SM muscle.

To produce tetanic contraction, we used a 200 ms train of
biphasic pulses of 0.2 ms width, typically at 200 Hz. Different
frequencies of stimulation were used only when the influence
of frequency of stimulation on muscle force was directly
studied. This 200 ms time ensured that muscle force reached
a plateau (see Figures 3 and 5). A similar duration (250–
300 ms) of the train of pulses (with pulse width 0.5 ms at
100 Hz) was used by Cairns and Dulhunty [48] for the fast
twitch SM muscle. The authors used a much longer—1s train
of pulses to ensure a force plateau in the slow twitch soleus
fibers.

Shin et al. [25] looked for the optimal stimulation
parameters to produce maximal muscle force in the rat tib-
ialis anterior. The authors showed a large standard deviation
(35–50%) of these parameters, not only between rats but also
within each rat. Our data confirm this large variability of
optimal stimulation parameters in the SM muscle.

Integrated EMG activity is sometimes used as a nondirect
method of muscle force evaluation during muscle contrac-
tion. However, gross movement of the EMG electrode caused
by SM muscle contractions during obstructive breathing
(as well as during electrical stimulation) might be the
source of unpredictable electrical artifacts causing a lack
of good correlation between integrated EMG and muscle

contractions [2]. Therefore, direct measurement of muscle
force with a force transducer is an irreplaceable method to
accurately measure muscle function.

5. Conclusions

Optimization of the variables affecting the isometric tetanic
force of the rat SM muscle resulted in a choice of the fol-
lowing stimulation parameters to produce maximal tetanic
force: 0.08 N (moderate) passive tension before stimulation,
0.2 mA stimulation current (with biphasic 0.2 ms width
pulse), and 150 Hz stimulation frequency.
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Cardiac stem cells represent a logical cell type to exploit in cardiac regeneration. The efficient harvest of cardiac stem cells from a
suitable source would turn promising in cardiac stem cell therapy. Brown adipose was recently found to be a new source of cardiac
stem cells, instrumental to myocardial regeneration. Unfortunately, an efficient method for the cell isolation is unavailable so far.
In our study we have developed a new method for the efficient isolation of cardiac stem cells from brown adipose by combining
different enzymes. Results showed that the total cell yield dramatically increased (more than 10 times, P < .01) compared with that
by previous method. The content of CD133-positive cells (reported to differentiate into cardiomyocytes with a high frequency)
was much higher than that in the previous report (22.43% versus 3.5%). Moreover, the isolated cells could be the efficiently
differentiated into functional cardiomyocytes in optimized conditions. Thus, the new method we established would be of great use
in further exploring cardiac stem cell therapy.

1. Introduction

Despite the notion that adult hearts are terminally differ-
entiated organs without self-renewal potential undermined
by the discovery of resident cardiac stem/progenitor cells,
the endogenous regenerative mechanisms are too limited
to sufficiently compensate for the cardiomyocytes loss
occurring in pathological state (e.g., myocardial infarction)
[1–3]. This led to numerous investigations to identify a
putative source of new cardiomyocytes to ameliorate the
injured myocardium and improve the cardiac function. Stem
cells, capable of differentiating into other cell types, that is,
functional cardiomyocytes, have intrigued intensive studies.
So far various stem cell sources have been explored for
myocardial regeneration, including embryonic stem, skeletal
myoblasts, bone marrow mesenchymal stem cells [4–7].
Data demonstrated functional improvement of the infarcted
heart by transplanting these cells. However, the cells also
have shortfalls, for example, the potential of tumorigenicity
with embryonic stem cells, arrhythmogenicity with skeletal
myoblasts, and the controversial transdifferentiation of bone
marrow-derived stem cells [8]. These problems underscore

the need to search for new sources of adult stem cells to
generate cardiomyocytes against the failing myocardium.

The identification and isolation of cardiac stem cells
(CSCs) reignited the excitement in this field [3, 9, 10]. Differ-
ent from other adult stem cells, cardiac stem cells represent a
logical source to exploit in myocardial regeneration because
of their likelihood to be intrinsically programmed to generate
cardiac tissues in vitro and increase its viability in vivo.
Therefore, the cardiac stem cell therapy may pioneer an
innovative approach to treat heart diseases [11]. However,
technical difficulties exist in collecting the cells at present.
The number of cells upon harvest is too low [12, 13].
Therefore, it would be appealing to search for an alternative
source of cardiac stem cells.

Adipose tissues are abundant in mammals. Once suc-
cessfully explored, the tissue source would have far-reaching
effects in regenerative medicine [14, 15]. Therefore, adipose-
derived cells were also extensively investigated as candidates
for the myocardial regeneration by many groups [16, 17].
Planat-Bénard et al. first reported the spontaneous differen-
tiation of murine adipose-derived cells into cardiomyocytes
in 2004 [1]. In spite of its rather low rate (0.02% to 0.07%),
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the cardiomyogenic differentiation suggested that adipose
tissue may provide a new source for cardiac progenitor/stem
cells. The subsequent studies by Yamada et al. further
demonstrated that the cardiac differentiation was far more
efficient in brown adipose-derived cells (� 20%) than that
described by Planat-Bénard [1, 12]. They have proved brown
adipose to be an abundant source of cardiac stem cells.

The discovery of the cardiac stem cells in brown adi-
pose opened a new channel to provide cardiomyocytes for
myocardial regeneration. However, the previous methods
[1, 12] for cell isolation are ineffective. In the present study,
we developed a new method to isolate brown adipose-
derived cardiac stem cells with great efficiency by combining
collagenase IV and dispase II, with trypsin. The optimized
isolation and differentiation of obtained cells were detailed.
Moreover, the cardiomyogenic efficiency of isolated cells with
this new method was also evaluated.

2. Materials and Methods

2.1. Animals and Tissue Samples. All animals were purchased
from the Experimental Animal Center, Academy of Military
Medical Science (Beijing, China). The Institutional Animal
Care and Use Committee (IACUC) of the Chinese Academy
of Military Medical Science, Beijing, China, approved all
experiments in this study. To obtain tissue samples, animals
were killed by intraperitoneally injecting with overdose
sodium pentobarbital. The brown adipose tissue was derived
from interscapular of neonatal SD rats (Postnatal 7–14 days).
Every effort was made to minimize animal suffering and the
number of animals used.

2.2. Cell Isolation from Rat Brown Adipose. Isolated
brown adipose tissues were washed extensively with sterile
phosphate-buffered saline (PBS) to remove contaminating
debris and red blood cells. Then it was minced with scissors
and digested with 0.1% collagnase IV (m/v, Sigma), 0.1%
dispase II (m/v, Roche Diagnostics, Mannheim, Germany)
and 0.05% trypsin (m/v, Sigma) in serum-free medium.
The digestion was performed at 37◦C for 30–60 minutes
with gentle agitation. Then, the enzymes were inactivated
with an equal volume of α-MEM/10% fetal bovine serum
(FBS, Gibco) and the samples were filtered through a 75-μm
mesh filter to remove debris. The cellular pellets were
resuspended in α-MEM/10% fetal bovine serum (FBS); red
cell lysis buffer was added. After a 5-minute lysis period,
cells were centrifuged and resuspended. Nucleated cells
were counted for cell yield. Then cells were plated onto
conventional culture plates and cultured under 37◦C, 5%
CO2 conditions. For cell viability determination, a portion
of cells were stained with propidiumiodide (PI) and analyzed
by flow cytometry.

2.3. Flow Cytometry Analysis. For flow cytometry, the newly
isolated stromal cells from brown adipose were lyzed
by red cell lysis buffer as described above. Then, cells
were harvested for flow cytometry analysis as previously
described [18]. Briefly, cells were fixed for 30 minutes in

ice-cold 2% paraformaldehyde. The fixed cells were washed
in flow cytometry buffer (FBS, Biolegend, 420201) and
incubated for 30 minutes in FBS containing the following
antibodies: fluorescein isothiocyanate-conjugated antiCD90
(Biolegend, 202503), phycoerythrin-conjugated antiCD29
(Biolegend,102221), FITC-conjugated antiCD45 (Biolegend,
202205), FITC-conjugated CD34 (Santa Cruze, sc-7324),
as well as CD133 (Santa Cruze, sc-32596). For unlabelled
primary antibodies, FITC-conjugated secondary antibodies
were added. All analyses were performed using a BD flow
cytometer (BD Bioscience, San Jose, CA).

2.4. Differentiating CSCs into Cardiomyocytes. CSCs from
brown adipose have the potential to spontaneously differen-
tiate into functional cardiomyocytes as previously reported
[12]. To determine the optimal seeding density for cardiomy-
ocytes differentiation, primary stromal cells were seeded
onto culture plates at different densities, ranging from 2.5 ×
103 to 8 × 104 cells/cm2. The cells were incubated in 37◦C,
5% CO2 for culture and differentiation. The medium was
changed every 2 days. Cells of different seeding densities
were observed every day under an inverted phase-contrast
microscope (IX70 inverted system microscopy, Olympus
Optical, Melville, NY). Number as well as morphology of
developing clones was recorded.

2.5. Immunohistochemistry. To investigate the expression of
cardiac specific antigens in the CSC-derived cardiomyocytes,
immunohistochemical analyses on slides with elongated
clusters of cells [19]. Briefly, isolated cells from brown
adipose were seeded on slides. The cells were cultured and
differentiated for 3-4 w as described above. Then, differ-
entiated cells grown in slides were washed and fixed with
4% paraformaldehyde in 0.1 M phosphate buffer (pH 7.4).
After permeabilization with 0.1% Triton X-100, the cells were
incubated with the primary antibody against cTnT (diluted
1 : 200, Sigma) and α-sarcomeric actinin (diluted 1 : 200;
Sigma) overnight at 4◦C. FITC-labeled goat antimouse IgG
was used as the secondary antibody. The cells were incubated
with Hoechst33258 for genomic DNA staining and observed
under a fluorescent microscope (Olympus Optical, Melville,
NY).

2.6. Pharmacological Studies. Differentiated cells with a
regular contractile activity were selected. The basal beating
rate was recorded before and after the replacement of culture
medium by the fresh αMEM medium (Gibco) containing
10% of fetal bovine serum. Chronotropic responses were
then assessed in αMEM/10%FBS by extra-cellular recording
of the beating rate in the presence of the appropriate drugs.
Dose-response experiments were performed with 0.25 to
5 × 10−6 μmol/L isoproterenol and 5 to 10 × 10−6 μmol/L
dilthiazem. Antagonist was added after the maximal dose of
agonist. The values were represented as mean ± SD.

2.7. RNA Extraction and RT-PCR Analysis. For RNA extrac-
tion, elongated clusters of cells were dissected under an
inverted phase-contrast microscope as previous report [20].
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Table 1: Correlation between digest time and cell yield when
different enzymes were used for brown adipose digest.

Digest time—Cell yield

Time Enzyme∗ Cell yield$ Cell viability Viable cell yield$

30 minutes

D/IV/T 8.49 ± 0.57 93.47± 1.18% 7.94± 0.58

IV/T 2.74± 0.39 93.79± 1.22% 2.57± 0.39

IV 1.47± 0.19 94.66± 0.99% 1.39± 0.18

I 0.18± 0.02 93.95± 1.05% 0.17± 0.02

D 0.78± 0.07 94.96± 0.88% 0.74± 0.07

45 minutes

D/IV/T 11.65± 1.07 90.72± 1.38% 10.56± 0.98#

IV/T 4.26± 0.56 91.87± 1.34% 3.92± 0.54

IV 1.82± 0.20 92.87± 1.69% 1.69± 0.20

I 0.23± 0.04 91.96± 0.77% 0.22± 0.04

D 0.87± 0.06 93.18± 1.36% 0.81± 0.07

60 minutes

D/IV/T 11.72± 0.86 86.88± 1.50% 10.19± 0.91

IV/T 4.66± 0.33 90.86± 1.45% 4.23± 0.31#

IV 1.96± 0.15 91.17± 1.55% 1.79± 0.14#

I 0.28± 0.04 90.10± 1.14% 0.26± 0.04#

D 1.02± 0.13 91.14± 1.57% 0.93± 0.12#

Nucleated cell yields of cell viability were compared among different
enzymes and different digest time. Data are presented as mean ± standard
deviation of n= 6 for each group.
∗D Dispase II; IV: collagenase IV; T: trypsin; I: collagenase I;
#Optimal cell yield for the enzyme.
$106 cells/g tissue.

Total RNA was extracted with RNAprep pure Cell/Bacteria
Kit (TIANGEN) according to manufacturer’s instruction.
Reverse transcription were performed using standard pro-
cedures to synthesize first-strand cDNA. The gene-specific
primers for cTnI (5′-CTCGGAGTATCAGGAAGAGCACA;
3′-TAAACTTGCCACGCAGGTCATAG, 216bp), GATA4
(5′ -CTGTCATCTCACTATGGGCA;3′-CCAAGTCCG-
AGCAGGAATT, 257 bp), Nkx2.5 (5′-CAGTGGAGCTGG-
ACAAAGCC; 3′-TAGCGACGGTTCTGGAACCA, 216 bp),
MEF2C (5′-AGCAAGAATACGATGCCATC; 3′-GAAGGG-
GTGGTGGTACGGTC, 347 bp), β-Actin (5′-AGAGGG-
AAATCGTGCGTGAC; 3′-AGGAGCCAGGCAGTAATC,
353 bp) were used in the following PCR amplification. Each
cycle consisted of denaturation at 94◦C for 30 secondes, and
annealing/extension at 72◦C for 45 secondes.

2.8. Statistical Analysis. The data are reported as
means± SD. Multiple related samples were compared using
the Friedman test, results of which were complemented with
posthoc pairwise analysis by Wilcoxon signed-rank test.
Statistical analyses was performed with SPSS 11.0 (SPSS,
Inc., Chicago, IL). Significance was accepted at P < .05.

3. Results

3.1. Optimized Isolation and High Cell Yield. To optimize
isolating conditions for cell yield as high as possible, tissue
digest was performed in 37◦C, 5% CO2 incubator. The
correlation between digesting time and cell yield was inves-
tigated, so did cell viability. Comparisons have been made

Table 2: Phenotypic characterization of rat brown adipose-derived
cells (n = 6).

Surface marker Positive cells (%)

CD90 54.82± 3.50

CD133 22.43± 2.13

CD29 18.23± 1.97

CD29/CD133 8.22± 1.11

CD45 2.09± 0.72

CD34 0.12± 0.05

against the established method to isolate brown adipose-
derived cardiac progenitor/stem cells with Dispase II and
the classic one for stromal cell isolation from adipose tissue
with collagenase I. In addition, other collagenases beside
collagenase I were also tried. Collagenase IV was found
more efficient than collagenase I for rat adipose digest
(Table 1, Figure 1(a)). Thus, collagenase IV was selected for
the enzyme combination in the experiment ensued. Data
show that cell yield was up to7.94 ± 0.58 × 106/g tissue
when digesting for 30 minutes using the combined enzymes
consisting of 0.1% collagenase IV, 0.1% dispase II and 0.05%
trypsin. With the prolonged digest, both cell yield and cell
death rate were increased (Table 1). When digesting time
was prolonged to 60 minutes, cell yield did not significantly
increase compared with that of 45 minutes, but cell death
rate was significantly increased (up to 13.12%, Figure 1(b)).
The highest viable cell yield was obtained at the digesting
time of 45 minutes (more than 107 cells/g tissue), while cell
viability was maintained up to∼91%. The data show that cell
yield was dramatically enhanced compared with previously
described method (Figure 1(a), P < .01) by combining
collagenase IV, dispase II and trypsin for brown adipose
tissue digest.

3.2. High Cardiomyogenic Potential of Isolated Cells and
Cardiac Differentiation. To understand the characteristics of
stromal cells isolated from rat brown adipose, we analyzed
several surface markers with fluorescence-activated cell sort-
ing (FACS) analyses (Figure 2, Table 2). The expression of
CD29, CD90 (suggested to be one of MSC markers), is
18.23± 1.97% and 54.82± 3.50%, respectively [21]. Most
of the cells were negative for CD45, a hematopoietic and
leukocyte marker. They also expressed negative for CD34, a
myeloid progenitor cell antigen present in endothelial cells
and some fibroblasts too [22]. In addition, the percentage
of CD133-positive cells was up to ∼22.43%. Such cells
were confirmed by the previous report [23] to differentiate
into cardiomyocytes with a high incidence. The percentage
is significantly higher than the previous report [12, 23]
(which only obtained 3.5% CD133-positive cells in total
brown adipose-derived cells). Among the CD133 positive
cells, about 8.22± 1.11% cells simultaneously express CD29.

After seeding on culture plates at different densities,
cells adhered and proliferated, while cardiac stem cells
began to differentiate with prolonged culture. As shown in
Figure 3, around 6 days of culture, emergence of various
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Figure 1: (a) Comparisons between different methods in nucleated cell yield within one hour’s digest (n = 6 for each group). $: no significant
difference, P > .05; ∗: P < .01 compared with all other groups in the same digest time. (b) Representative images of cell viability analysis.
Newly isolated cells from rat brown adipose were stained with Propidium iodide and then analyzed using flow cytometry. A: Cell viability
after 30 minutes digestion with collagenase IV, dispase II, and trypsin; B: cell viability after 45 minutes digestion with collagenase IV, dispase
II, and trypsin; C: cell viability after 60 minutes digestion with collagenase IV, dispase II, and trypsin; D: Comparison of cell viabilities after
digesting for different time with collagenase IV, dispase II, and trypsin, (n= 6 for each group).
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Figure 2: Representative images of flow cytometry analyses for rat brown adipose-derived cells. Brown adipose-derived cells are partly positive
for CD-29, CD90, and CD133, while negative for CD45 and CD34. (a) Control; (b) Flow cytometry analysis for surface marker CD90; (c)
Flow cytometry analysis for surface marker CD29 and CD133; (d) Flow cytometry analysis for surface marker CD45; (e) Flow cytometry
analysis for surface marker CD34.

cell morphologies were identified, that is, fibroblast-like
appearance, clusters of preadipocytes/adipocytes, and clones
of rounded cells together with small tube cells. At 1 week,
elongated cells appeared and started a contractile activity
independently. Following this, increasingly more elongated
morphology and contractile cells appeared with the time
(Figure 3). In 3 to 4 weeks, groups of contractile cells could
be seen in nearly any field under an inverted phase-contrast
microscope. In the whole process, differentiation proceeded
spontaneously, using no inductor. However, the percentage
of beating cells counted at 3-4 weeks varied among the
seeding densities of isolated cells (details below).

3.3. CSC-Derived Cardiomyocytes Demonstrate Characteristic

Similar to Functional Cardiomyocytes

3.3.1. Expression of Cardiac Markers. In order to define the
phenotype of differentiated cells, immunofluorescent stain-
ing of cardiac-specific antigens was performed on the slides
with elongated clusters of cells. In addition, the expression
of cardiac genes was analyzed by RT-PCR. As expected,
a specific positive staining was obtained with antibodies
against the sarcomeric α-actinin (Figure 4(a) A–C) and
cardiac troponin T (Figure 4(a) E–G); even the transverse
striation can be clearly observed (Figure 4(a) D, H). Some

elongated cells that do not contract under conditions could
also be stained by cTnT/α-actinin. In contrast, antibodies
against the skeletal muscle protein MyoD (data not show)
did not stain the elongated cells. The expressions of cTnI,
GATA4, Nkx2.5, MEF2C were also verified (Figure 4(b)).
These data strongly argued for the cardiomyocyte nature of
the contracting cells.

3.3.2. Reaction with Pharmacologic Reagents. To test the
functionality of CSC-derived cardiomyocytes, pharmacolog-
ical studies were performed at 28 days after differentiation
of brown adipose-derived CSCs. Several pharmacologic
agents known to influence the heart rate were added
and the chronotropic responses of contracting cells to
these agents were examined. As expected for differenti-
ated cardiomyocytes, the β-agonist isoproterenol induced
a dose-dependent increase of the spontaneous contrac-
tion rate measured as beatings per minute (Figure 5).
Diltiazem, a nonselective β-adrenergic antagonist, reversed
the isoproterenol-induced acceleration (Figure 5). These
chronotropic responses definitively demonstrated that these
cells responded like functional cardiomyocytes. Note that
there was a great heterogeneity in the sensitivity to these
heart pharmacologic agents among different cardiomyocytes.
For instance, some cardiomyocytes that did not contract
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Figure 3: Culture and differentiation of brown adipose-derived cardiac stem cells. Phase-contrast microscopy of differentiated cardiomyocytes-
like cells at days 7, 14, and 28. Isolated primary cells were plated into culture dished (2.5× 104 cells /cm2) and observed every day under an
inverted phase-contrast microscope at (a)–(c) 1 weeks after spontaneous differentiation, (d)–(f) 2 weeks after spontaneous differentiation,
(g)–(i) 4 weeks after spontaneous differentiation. Differentiated cells gradually increased in size with time due to cell proliferation. Early,
differentiated cells were rare in plates (day 7), then elongated cells appeared (day 14 and 28) more and more, and they could spontaneously
beat like functional cardiomyocytes (bar = 100 μm).

Table 3: Comparison of differentiated cTnT+ cardiomyocytes (%) from brown adipose-derived cells at different seeding densities.

Cell density 5× 104/cm2 2.5× 104/cm2 1× 104/cm2 5× 103/cm2 2.5× 103/cm2 1× 103/cm2

Combination∗ 24.78± 2.4 29.93± 3.2# 25.41± 2.23 21.43± 1.62 16.7± 1.41 5.3± 0.6

Dispase II∗ 11.64± 1.98 15.43± 2.76 12.35± 2.21 9.64± 2.55 5.7± 1.24 2.41± 0.91
∗Combination: cells isolated by combination of collgenase IV, dispase II, and trypsin; Dispase II: cells isolated by dispase II alone.
#The optimal seeding density for brown adipose-derived cardiac stem cells differentiation into cardiomyocytes (P < .01,n = 6).

under control conditions started to beat under β-adrenergic
stimulation (data not shown). However, when cells were
responsive, similar pattern toward the drugs was also
observed.

3.4. Optimal Seeding Density for Cardiac Stem Cell Differ-
entiation. The primary seeding density of brown adipose-
derived cells influences the differentiation efficiency of
cardiac stem cells into cardiomyocytes, as was demonstrated

in the previous report [12]. So correlation between seeding
density of primary cells and percentage of differentiated
cardiomyocytes was investigated to achieve the optimal car-
diac differentiation. As shown in Table 3, the appearance of
cTnT+ CM cells varies from ∼5.3± 0.6% to ∼29.93± 3.2%
with the primary seeding densities increasing from 1 ×
103/cm2–5 × 104/cm2. These data showed that cells we
isolated from brown adipose by using this new method have
even higher cardiomyogenic potential than that previously
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Figure 4: (a) Immunostaining of differentiated cells for cardiac-specific antibodies. Differentiated cardiomyocytes-like cells were specifically
stained with antiα-sarcomeric actinin A–D, and anticardiac troponin A–I antibodies; the transverse striation can be clearly observed under
high magnification microcopy (D and I, 4 magnifications of red frame in C and G, resp.). Furthermore, no specific staining was obtained
with the antiMyoD (data not shown) (Bar= 50 μm). (b) Expression of cardiac-specific genes in the differented cells analyzed by RT-PCR.

reported [12]. Note that no sorting procedure was performed
in our study (also different from the previous report) [12].

4. Discussion

Heart disease is the leading cause of death in the industrial
world. The stem cell therapy seems to be a promising
treatment for injured myocardium. To reach this goal, it is
desirable to find a good source of stem cells that can be
used to obtain new myocardium on time [21]. Several cell
types, for example, ESC, BMMSC, skeletal myoblasts, have
been considered candidates for myocardial regeneration.
However, each of them has shortfalls in clinical applications
[4–8]. The best candidates seem to be cardiac “progenitor”
and/or “stem” cells [21]. Currently the cardiac stem cell
transplantation for regenerating infarcted myocardium has
invited a great deal of interest. Many laboratories have
attempted to isolate potential cardiac stem cells from several
tissues [22]. In this study, we firstly combined collagenase
and dispase II with trypsin for brown adipose digestion
to isolate cardiac stem cells. Our main findings are the
following: (1) We established a new method to efficiently

isolate cells from rat brown adipose with a high content
of CSCs, and total cell yield increased up to more than
107/gram tissue. (2) We corroborated brown adipose to be
an abundant source of cardiac stem cells, useful for in vitro
studies of cardiomyocytes differentiation/(patho) physiology
and in vivo studies of cardiac stem cell therapy.

We demonstrated that a single collagenase or dispase
II was insufficient for brown adipose digestion, leading
to relative lower cell yield (Figure 1(a)). However, when
collagenase was combined with dispase II supplemented
by trypsin, cell yield dramatically increased by manifolds
(Figure 1(a)). Efficient tissue digestion was also observed.
I our experiment, tissue blocks also left undigested when
collagenase or dispase II was applied alone, albeit digesting
time extended to more than 2 hours (data not shown). In
contrast, tissue blocks could be hardly found in 30 minutes
digestion by combining three enzymes, indicating optimally
sufficient tissue digestion.

Several years ago, a single protease was demonstrated to
have limitations in digesting capacity when applied to digest
adipose tissues. Different protease activity was necessary
for optimal tissue digest efficacy and cell yield [19, 24–26].
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Figure 5: Chronotropic response of contracting cells to adrenergic
and dilthiazem stimulation. Isolated cells were plated into 6-well
plate for 28 days. Basal beating rate was recorded. Contracting
rate was measured by the treatment with the β-adrenergic agonist
isoproterenol and antagonist dilthiazem. Results represent the mean
of 6 to 10 separate experiments.

However, the challenge is to balance the combination of
enzymes and digesting time for the desired cell yield
and function [27]. Additionally, it has been shown that
parameters (e.g., digest time and enzyme activity) applied
in the isolating procedure of primary cells have a significant
effect on cell yield, viability, and phenotype. Therefore,
isolating conditions were optimized. Isolated cells were also
evaluated for cardiomyogenic potential in our study. The
tissue was digested in 37◦C, pH7.2–7.4, favorable for enzyme
activities. A magnetic stirrer was used to facilitate tissue
digestion. Under these conditions, optimal digesting time
was determined to be 45 minutes (to balance the total cell
yield and viability). When differentiating obtained cells into
cardiomyocytes, the isolated cells by this new method were
of high cardiomyogenic potential compared with what was
previously described [12]. Thus, this new method is proved
efficient in total cell yield from brown adipose with high
cardiomyogenic potential. It is noteworthy that the method
is also suitable for multipotent stem cell isolation from rat
white adipose tissues (data not shown).

In consistency with the previous reports [12, 23], we
failed to get purified cardiac stem cells from brown adipose-
derived cell population. Thus a valid procedure for their
expansion in undifferentiated states was not established. To
further their applications in cell therapies, a technique for
rapid purification as well as a method of clinical grade
expansion for the cardiac stem cells is needed.

5. Conclusion

In this study, we have found an optimal combination of
digest enzymes consisting of 0.1% collagenase IV, 0.1%
dispase II, and 0.05% trypsin for efficient isolation of cardiac
stem cells from brown adipose tissues. The procedure was

optimized for maximum viable cell yield (up to 107/cells
from 1 gram tissue sample). Furthermore, the obtained
cells could be effectively differentiated into functional car-
diomyocytes. Therefore, we established a novel and efficient
method for cardiac stem cell isolation from brown adipose.
It will pave the way for cardiac stem cell therapy as well as in
basic research.
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Satellite cells are responsible for the capacity of mature mammalian skeletal muscles to repair and maintain mass. During aging,
skeletal muscle mass as well as the muscle strength and endurance progressively decrease, leading to a condition termed sarcopenia.
The causes of sarcopenia are manifold and remain to be completely elucidated. One of them could be the remarkable decline in
the efficiency of muscle regeneration; this has been associated with decreasing amounts of satellite cells, but also to alterations
in their activation, proliferation, and/or differentiation. In this study, we investigated the satellite cell nuclei of biceps and
quadriceps muscles from adult and old rats; morphometry and immunocytochemistry at light and electron microscopy have been
combined to assess the organization of the nuclear RNP structural constituents involved in different steps of mRNA formation. We
demonstrated that in satellite cells the RNA pathways undergo alterations during aging, possibly hampering their responsiveness
to muscle damage.

1. Introduction

The capacity of mature mammalian skeletal muscles to repair
and maintain mass is due to the presence of undifferentiated
mononuclear myogenic precursor cells, that is, the satellite
cells, located at the periphery of myofiber, between the
sarcolemma and the surrounding basal lamina. Satellite cells
remain quiescent until appropriate stimuli (e.g., muscle
injury) trigger their re-entry into the cell cycle; they then
undergo activation and proliferation, and the daughter cells
fuse to form muscle fibers which increase muscle mass. The
availability and responsiveness of satellite cells are therefore
necessary for efficient muscle regeneration.

During aging, a progressive loss of skeletal muscle mass
and a parallel decrease in muscle strength and endurance
take place. This condition, termed sarcopenia, has important
health-care and socioeconomic implications for humans,

since it contributes to frailty, functional loss, dependence,
disability, high health care costs, and premature death (the
recent review in [1]).

The mechanisms leading to sarcopenia are probably
manifold and they still remain to be completely elucidated
(review in [2, 3]). One of the possible causes could be the
remarkable decline in the efficiency of muscle regeneration;
this has been associated with decreasing amounts of satellite
cells (e.g., [4–8]), possibly due to apoptotic cell death [9, 10],
although this is controversial [11–13]. It has also been sug-
gested that activation, proliferation, and/or differentiation of
satellite cells and their progeny may be altered in sarcopenia
[14, 15].

It is known that aging involves alterations in the pathways
of gene expression, which are not necessarily associated with
mutations but can imply impairments in pre-mRNA tran-
scription and/or splicing (review in [16]). In particular, it has
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been shown that aging affects intranuclear RNA pathways by
altering the organization, composition, and location of the
ribonucleoprotein-(RNP-) containing structures [17–21].
These structures are part of the transcription and splicing
machinery: perichromatin fibrils (PFs) are the morphologi-
cal equivalent of hnRNA transcription and cotranscriptional
splicing, perichromatin granules (PG), which form by PF
coiling, are involved in the storage and the nucleus-to-
cytoplasm transport of mRNA, while interchromatin gran-
ules (IG) represent the storage, assembly, and recycling site
for snRNP and non-snRNP splicing factors [22–24].

In a recent study [25], we have analyzed the fine structure
of myonuclei as well as the distribution and amount of
RNA processing factors in myofibers of biceps brachii
and quadriceps femoris from adult and old rats. We thus
showed that in myonuclei of aged fibers a decrease in the
transcription, processing, and transport rate of pre-mRNA
takes place. Both muscles contain a high proportion (about
90%) of type II fibers and are therefore largely affected by
sarcopenia [26–28].

In the present study, we focused our attention on
satellite cells of those same muscles. To determine whether
the RNA pathways also undergo alterations in the satellite
cells of aging muscles, we combined morphometry and
immunocytochemistry at light and electron microscopy and
investigated the distribution and content of nuclear RNP
structural constituents involved in different steps of mRNA
formation.

2. Materials and Methods

2.1. Animals. Two adult (9 months of age) and two old (28
months of age) male Wistar rats were used. All animals were
bred under controlled environmental conditions with a 12-
hour light/dark cycle and fed ad libitum with a standard
commercial chow. The experimental protocols comply with
the guidelines of the Italian Ministry of Health as well as with
internationally recognized guidelines.

The rats were deeply anesthetized with pentobarbital
(50 mg/Kg i.p.) and then perfused via the ascending aorta
with a brief prewash of 0.09% NaCl solution followed
by 300 mL of a fixative solution containing 4% (v/v)
paraformaldehyde in 0.1 M phosphate buffer, pH 7.4 at 4◦C.
Biceps brachii and quadriceps femoris muscles were quickly
removed and placed in the same fixation solution for 2 hours
at 4◦C.

2.2. Light Microscopy. After fixation, muscle samples were
dehydrated with ethanol and embedded in paraffin wax.
Seven-μm-thick muscle samples were cross-sectioned then
submitted to immunohistochemical procedures for iden-
tification of satellite cells by using a mouse monoclonal
antibody directed against the membrane-bound neural cell
adhesion molecule (N-CAM/CD56/Leu-19), which has been
demonstrated on satellite cells in normal adult skeletal
muscle and represents an established marker [29] (BD
Biosciences, San Jose, CA). The primary antibody was then
revealed with an Alexa 488 conjugated antibody against
mouse IgG (Molecular Probes, Invitrogen, Milan, Italy). The

sections were finally counterstained for DNA with 0.1 μg/mL
Hoechst 33258 to label the cell nuclei and to detect the
occurrence of apoptosis based on chromatin morphology.
Observations were made with an Olympus BX51 microscope
equipped with a 100 W mercury lamp under the following
conditions: 330- to 385-nm excitation filter (excf), 400-
nm dichroic mirror (dm), and 420-nm barrier filter (bf),
for Hoechst 33258; 450- to 480-nm excf, 500-nm dm, and
515 nm bf for Alexa 488. Micrographs were recorded with
an Olympus Camedia C-5050 digital camera and stored on
a PC by the Olympus software for processing and printing.
Morphometrical evaluations were performed by using the
software Image J (NIH, USA).

To estimate the possible decrease in the amount of
satellite cells in the muscles, the number of satellite cells was
determined over areas of cross-sectioned muscles containing
only myofibers and endomysium; using a 40× objective lens,
a total of 880,000 μm2 were considered per each muscle,
and the density of satellite cells was expressed as satellite
cells/1000 μm2 of muscle area. The percentage of apoptotic
nuclei was evaluated in the counted satellite cells.

The percentage of apoptotic nuclei was also evaluated on
myofibres, on a total of 25 microscope fields, using an ×20
objective lens (at least 2000 myonuclei per muscle sample
were counted).

2.3. Transmission Electron Microscopy. After fixation, muscle
samples were washed in Sörensen buffer and subsequently
in phosphate buffered saline (PBS), kept in 0.5 M NH4Cl
in PBS for 45 minutes to block free aldehydes, dehydrated
with ethanol, and embedded in LR White resin polymerized
under U.V. light. This fixation procedure is optimal to
allow antigen detection at electron microscopy, although
the ultrastructural morphology of especially the cellular
membranes cannot be perfectly preserved.

Ultrathin sections were collected on Formvar-carbon
coated nickel grids and used for morphometrical and
immunocytochemical analyses.

Morphometrical evaluations (x11,000) were made on
twelve satellite cell nuclei per muscle by using a computerized
image analysis system (AnalySIS Image processing, Soft
Imaging System GmbH, Muenster, Germany). The following
parameters were considered: area of nuclei and nucleoli,
percentage of nuclear area occupied by condensed chromatin
and PG density (PG/μm2 of interchromatin space, i.e., the
nucleoplasmic region devoid of condensed chromatin), area
of the fibrillar centers, and percentage of the nucleolar
area occupied by the dense fibrillar component and by the
granular component.

To investigate the fine distribution of some RNA tran-
scription and processing factors, thin muscle sections were
treated with one of the following probes: mouse monoclonal
antibodies directed against the activated, phosphorylated
form of RNA polymerase II (Research Diagnostic Inc.,
Flanders, NJ) or against the snRNP (small nuclear RNP) Sm
core proteins (Abcam, Cambridge, MA); rabbit polyclonal
antibodies were used against DNA/RNA hybrid molecules
[30] specifically occurring in the transcription sites [25, 31],
and the cleavage stimulation factors CstF [32]. Sections were
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floated for 3 minutes on normal goat serum (NGS) diluted
1 : 100 in PBS and then incubated overnight at 4◦C with
the primary antibodies diluted with PBS containing 0.1%
(w/v) bovine serum albumin (Fluka, Buchs, Switzerland)
and 0.05% (v/v) Tween 20. After rinsing, sections were
floated on NGS, and then allowed to react for 20 minutes
at room temperature with the secondary 12 nm or 18 nm-
gold-conjugated antibody (Jackson ImmunoResearch Labo-
ratories Inc., West Grove, PA) diluted 1 : 10 in PBS. Finally,
the sections were rinsed and air-dried. As controls, some
grids were incubated without the primary antibody and then
processed as described above.

To reduce chromatin contrast and selectively reveal
nuclear RNP constituents, the sections were bleached by the
EDTA method [33], observed in a Philips Morgagni TEM
operating at 80 kV, and equipped with a Megaview II camera
for digital image acquisition.

Quantitative assessment of the immunolabeling was
carried out by estimating the gold grain density over selected
cellular compartments on sections treated in the same run.
The surface area of the interchromatin space and IG was
measured on fifteen satellite cell nuclei (x22,000) from
each muscle by using a computerized image analysis system
(AnalySIS Image processing). For background evaluation
samples treated in the absence of primary antibody were
considered. The gold grains over each selected compartment
were counted, and the labeling density was expressed as the
number of gold grains/μm2.

2.4. Statistics. For each analyzed variable, the Kolmogorov-
Smirnov two-sample test was performed in order to verify
the hypothesis of identical distribution among animals of
each experimental group (i.e., adult and old rats). The data
were then pooled according to the experimental groups and
the means ± standard error of the mean (SE) values were
calculated. Statistical comparisons were performed by the
Mann Whitney U-test (significance was set at P ≤ 0.05 ).

3. Results

As previously reported [25], a dramatic mass reduction was
observed in both the biceps and quadriceps muscles of old
rats in comparison to adult animals.

3.1. Light Microscopy. Satellite cells were specifically labeled
by the anti-N-CAM antibody (Figure 1(a)); their density
(number of satellite cells/1000 μm2 of muscle area) was
significantly higher in adult than in old rats, in both the
biceps and quadriceps muscle. Morphologically recognizable
apoptotic nuclei in satellite cells of both muscles from adult
rats were quite scarce; in muscles of old animals the percent-
age of apoptotic nuclei increased although not significantly
(Figure 1(b)). It is, however, worth underlying that the
absolute number of satellite apoptotic cells counted was very
low, in both animal groups. Morphologically recognizable
apoptotic nuclei in the myofibres were quite scarce and
their percentage was similar in adult and old animals in
both biceps (0.16 ± 0.06% versus 0.22 ± 0.09, resp.) and
quadriceps (0.15 ± 0.06% versus 0.18 ± 0.07, resp.) muscles.

3.2. Transmission Electron Microscopy. In spite of the nonop-
timal ultrastructural preservation due to the fixation proce-
dure necessary for immunocytochemistry, in all the muscle
samples satellite cells were morphologically recognizable as
small cells with scanty cytoplasm and located between the
sarcolemma and the surrounding basal lamina of the muscle
fibers (Figure 2(a)). Satellite cell nuclei generally were ovoid
in shape with finely irregular border and contained abundant
condensed chromatin distributed both at the nuclear and
nucleolar periphery, and one roundish compact nucleolus
with prominent granular component, scarce dense fibrillar
component, and rare small fibrillar centers (Figure 2(b)). In
the nucleoplasm, all the usual RNP structural constituents
involved in pre-mRNA transcription and processing were
evident; few PF and PG were mainly distributed at the
periphery of the condensed chromatin and small IG clusters
occurred in the interchromatin space. In satellite cell nuclei
of old muscles, PF sometimes occurred as clusters (Figures
2(d) and 2(h)). At electron microscopy, the satellite cell
nuclei were structurally similar in adult and old rats, and
morphological evidence of apoptosis was never found in any
of the muscle samples examined.

In both biceps and quadriceps muscles, we did not
observe significant differences between the satellite cells from
adult and old rats as for the nuclear or nucleolar area,
the percentage of condensed chromatin, the PG density,
and the percentage of the dense fibrillar and the granular
components of nucleoli (Figure 3). The area of the rare
fibrillar centers observed ranged from 0.001 to 0.003 μm2,
without difference between muscles or age groups.

The immunocytochemical labeling for polymerase II, the
DNA/RNA hybrid molecules, snRNPs, and the cleavage fac-
tor CstF were similar in the nucleoplasm of satellite cells from
adult and old rats. In both animal groups, polymerase II and
DNA/RNA hybrid molecules were exclusively associated with
PF (Figures 2(c) and 2(d); snRNPs were restricted to PF and
IG (Figures 2(e) and 2(f)); CstF was located essentially on PF
and on RNP tails rising from PG (Figures 2(g) and 2(h)).

The quantitative evaluation of the immunolabeling
(Figure 4) revealed similar densities of polymerase II and
DNA/RNA hybrid molecules in both biceps and quadriceps
muscles of adult and old rats; conversely, snRNPs and CstF
were more abundant in the interchromatin space of old rats
compared to adult rats. In addition, snRNPs were found
to be more abundant in the IG of old rats (biceps brachii:
16.12 ± 2.86 gold grains/μm2 in adult versus 33.76 ± 5.25
in old rats, P = 0.047; quadriceps femoris: 15.56 ± 3.88
gold grains/μm2 in adult versus 34.97 ± 5.94 in old rats,
P = 0.042); conversely, in all the samples the labeling for
polymerase II, the DNA/RNA hybrid molecules and CstF
were almost absent on IG (Figures 2(c), 2(d), 2(g), and 2(h)).
Background values were negligible in all immunolabeling
experiments (not shown).

4. Discussion

The biceps brachii and the quadriceps femoris of the old rats
were severely affected by sarcopenia, as demonstrated by the
remarkable muscle mass reduction and the drastic decrease
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Figure 1: (a) Satellite cell density (number of satellite cells/1000 μm2 of muscle) in the biceps and quadriceps muscles of adult and old rats
(mean ± SE). Asterisks show significantly different values (P < 0.001 for both muscles). The inset shows a satellite cell labeled with the
anti-N-CAM antibody (green fluorescence); DNA was stained with Hoechst 33258. Bar: 10 μm. (b) Percentage of apoptotic satellite cells in
the biceps and quadriceps muscles of adult and old rats (mean ± SE). The values were not significantly different (P = 0.136 for biceps and
P = 0.157 for quadriceps). The inset shows an apoptotic satellite cell (green fluorescence); DNA was stained with Hoechst 33258, note the
marginated chromatin. Bar: 10 μm.

in the size of type II myofiber [25]. The density of satellite
cells was also significantly decreased in old rats compared to
adult rats, consistent with the impaired regenerative capacity
of muscles in sarcopenia. A smaller amount of satellite
cells has already been reported in different aging muscles
(e.g., [4–8]), although some authors did not observe these
quantitative changes [11–13]. This discrepancy could be due
to the differences in muscle, myofiber, and atrophy types
that were investigated (for a recent review, see [34]); in
particular, it has been reported that satellite cell content
is specifically reduced in type II skeletal muscle fibers in
the elderly [8], thus making muscles, which are mainly
composed of this fiber type (like the biceps brachii and the
quadriceps femoris), especially prone to satellite cell loss.

The scarce presence of morphologically recognizable
apoptotic nuclei in satellite cells (at both light and electron
microscopy) suggests that cell death via apoptosis might
rarely occur in aging skeletal muscles. However, it should
be also considered that our data have been collected in old
animals where the sarcopenic process had already come to
an advanced stage; this implies that a substantial role of
apoptosis in earlier phases cannot be excluded. In any case,

in both muscles of old rats the percentage of apoptotic
satellite cell nuclei was increased (thought not significantly);
whereas apoptotic nuclei were rare in myofibers, without
differences between adult and old animals [25, 35]; these
findings support the hypothesis that the apoptotic signals in
old muscles may mostly originate from satellite cells [36].

The satellite cells bordering the myofibers of old muscles
are morphologically similar to those found in adult muscles;
in particular, the structural features of their nuclei are
typical of quiescent cells. They contain abundant clumps
of condensed chromatin, few PF and PG [22], compact
nucleoli with abundant granular components, and scarce
dense fibrillar components [37], which are all markers of low
nuclear activity. Accordingly, the quantitative evaluation of
the fine structural features of satellite cell nuclei gave similar
values in adult and old rats; however, the in situ analysis of
pre-mRNA processing factors revealed significant differences
in the amount and intranuclear distribution of snRNPs and
CstF. In detail, the snRNPs (involved in the cotranscriptional
splicing of pre-mRNA [38]) were found to increase in
satellite cell nuclei of old muscles; however, analysis of their
intranuclear distribution reveals that snRNPs accumulate in
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Figure 2: Transmission electron micrographs. (a) Satellite cell bordering a myofiber. (b) Detail showing the nucleolus mostly composed of
granular component (G); whereas the dense fibrillar component (D) is less abundant, note the small fibrillar center (arrowhead). Satellite
cell nuclei from adult (c, e and g) and old (d, f and h) rats. (c and d) Quadriceps muscles, anti-polymerase II (12 nm), and anti-DNA/RNA
hybrid (18 nm) antibodies: both antibody probes specifically label perichromatin fibrils (arrows). Note the clustered perichromatin fibrils in
(d) (arrowhead). The interchromatin granules (IG) are unlabeled. (e, f) Biceps muscles, anti-snRNP antibody: perichromatin fibrils (arrows)
and interchromatin granules (IG) are labeled. (g, h) Quadriceps muscles, anti-CstF antibody: gold grains specifically label perichromatin
fibrils (arrows) and RNP tails rising from perichromatin granules (inset). Note the cluster of perichromatin fibrils in (h) (arrowhead).
Interchromatin granules (IGs) are unlabeled. Ch: condensed chromatin. Bars: (a) 1 μm; (b–h) 250 nm; inset 100 nm.

the IG, known to represent the site of storage, transit and
recycling of many nuclear factors [24, 39], but not on PF,
which represent the in situ form of nascent transcripts, as
well as of their splicing and 3′ end processing (reviews in
[22, 23]). Therefore, the increase in snRNPs is not associated
with an increase in the transcriptional rate, according to
the results obtained for polymerase II and the DNA/RNA
hybrid molecules. A similar accumulation of nuclear factors
in IG has been previously described in hepatocytes and
neurons of old rodents [19–21], suggesting that the RNA
pathways impairment may represent a common event during
aging, independently on the cell type. The cleavage factor
CstF also increases in satellite cell nuclei of old muscles in

comparison to the adult ones; however, this factor was always
and exclusively located on PF. A similar accumulation of CstF
has been previously observed in myonuclei of old muscles
[25] as well as in aging hepatocyte nuclei [21]. Consistent
with the data on snRNPs, the accumulation of CstF suggests
that the processing and/or the intranuclear transport of
transcripts are impaired. The presence of clustered PF as
well as the increase in PG density observed in satellite cell
nuclei of old muscles (although below the level of statistical
significance) supports the hypothesis of altered pre-mRNA
cotranscriptional activities and reduced cytoplasmic export.
In fact, PF (which represent sensitive markers for the pre-
mRNA processing impairment [23]) have been already
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Figure 3: Morphometrical parameters measured on electron micrographs of satellite cell nuclei from the biceps and quadriceps muscles of
adult and old rats (mean ± SE). No significant difference was found between the two ages.

observed to accumulate in aging hepatocytes [17, 21];
moreover, PG (which represent storage and/or transport sites
for spliced (pre-)mRNA [22]) generally increase in number
as a consequence of altered pre-mRNA processing as well as
of impaired intranuclear or nucleus-to-cytoplasm transport
of mRNAs (e.g., [40, 41]). Consistent with this hypothesis,
a decrease in the nucleus-to-cytoplasm transport factors
[42] has been reported during aging, when the degradation
systems also undergo alterations [43] leading to the accumu-
lation of cross-linked, insoluble, and often oxidized proteins,
which may damage the intracellular transport mechanisms
[44, 45]. Accordingly, several proteins have been found to
accumulate in satellite cell nuclei of old skeletal muscles
[46]. In this view, the intranuclear accumulation of some
nuclear factors in aging cell nuclei could be also related to the
reduced efficacy of their degradation machinery. It is worth
noting that the abnormal accumulation of reactive oxygen
species in skeletal myofibers and satellite cells [47, 48] as well

as dysfunctions in the proteolytic and autophagic pathways
[49, 50] is thought to be involved in sarcopenia.

Interestingly, when the results obtained for satellite cells
are compared to those recently reported for myonuclei of
the same muscles [25], it appears that satellite cell nuclei
are less affected by aging: myonuclei show alterations in
their fine structural and molecular features indicating that
the entire mRNA production chain, from the synthesis to
the cytoplasmic export, becomes less efficient; whereas in
satellite cell nuclei the pre-mRNA processing/transport only
is affected. This could be due to the relatively low nuclear
activity of satellite cells, compared to myonuclei, which could
in turn results in the slowing down of the progressive age-
related deterioration of the whole cell function, including
the RNA production [43]. The changes in the mRNA pro-
duction machinery revealed in this study, however, suggest
that satellite cell nuclei of aged individuals might be less
responsive to the activating stimuli that those in adults,
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Figure 4: Quantitative immunoelectron microscopy of satellite cell nuclei of biceps and quadriceps muscles from adult and old rats; labeling
density (gold grains/μm2) of some RNA processing factors in the interchromatin space (mean ± SE). Asterisks show significantly different
values.

thus compromising the regenerative capacity of old skeletal
muscles.

5. Conclusions

There is growing evidence in the literature that aging
affects cell nuclear function by impairing the transcrip-
tional/cotranscriptional mechanisms in a wide variety of cell
types in different organs, including muscles; this leads to
a number of metabolic consequences, which finally result
in the impairment of the specific physiological role(s) of
each cell type. Recently, it has been demonstrated that
defects in the RNA pathways are paralleled by altered
intranuclear distribution of pre-mRNAs processing factors
in some diseases characterized by muscle atrophy/dystrophy
[51–53]. It is likely that the age-related nuclear dysfunctions
of satellite cells could hamper their capability to become
activated and to proliferate in response to muscle damage.

Thus nuclear dysfunction of both muscle fibers and
satellite cells seems to play a pivotal role in the sarcopenia
of aged individuals, and this should be taken into account

in the perspective to prevent and treat this ever-increasing
health-risk factor.
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Mosoni, and D. Attaix, “Skeletal muscle proteolysis in aging,”
Current Opinion in Clinical Nutrition and Metabolic Care, vol.
12, no. 1, pp. 37–41, 2009.

[51] R. Cardani, E. Mancinelli, G. Rotondo, V. Sansone, and G.
Meola, “Muscleblind-like protein 1 nuclear sequestration is
a molecular pathology marker of DM1 and DM2,” European
Journal of Histochemistry, vol. 50, no. 3, pp. 177–182, 2006.

[52] T. M. Wheeler and C. A. Thornton, “Myotonic dystrophy:
RNA-mediated muscle disease,” Current Opinion in Neurology,
vol. 20, no. 5, pp. 572–576, 2007.

[53] F. Perdoni, M. Malatesta, R. Cardani, et al., “RNA/MBNL1-
containing foci in myoblast nuclei from patients affected by
myotonic dystrophy type 2: an immunocytochemical study,”
European Journal of Histochemistry, vol. 53, no. 3, pp. 151–158,
2009.



Hindawi Publishing Corporation
Journal of Biomedicine and Biotechnology
Volume 2010, Article ID 725207, 20 pages
doi:10.1155/2010/725207

Review Article

Mechanism of Catch Force: Tethering of Thick and
Thin Filaments by Twitchin

Thomas M. Butler and Marion J. Siegman

Department of Molecular Physiology and Biophysics, Jefferson Medical College, Thomas Jefferson University, Philadelphia,
PA 19107, USA

Correspondence should be addressed to Marion J. Siegman, marion.siegman@jefferson.edu

Received 20 January 2010; Accepted 10 March 2010

Academic Editor: Henk L. M. Granzier

Copyright © 2010 T. M. Butler and M. J. Siegman. This is an open access article distributed under the Creative Commons
Attribution License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is
properly cited.

Catch is a mechanical state occurring in some invertebrate smooth muscles characterized by high force maintenance and resistance
to stretch during extremely slow relaxation. During catch, intracellular calcium is near basal concentration and myosin crossbridge
cyctng rate is extremely slow. Catch force is relaxed by a protein kinase A-mediated phosphorylation of sites near the N- and
C- temini of the minititin twitchin (∼526 kDa). Some catch force maintenance car also occur together with cycling myosin
crossbridges at submaximal calcium concentrations, but not when the muscle is maximally activated. Additionally, the link
responsible for catch can adjust during shortening of submaximally activated muscles and maintain catch force at the new shorter
length. Twitchin binds to both thick and thin filaments, and the thin filament binding shown by both the N- and Cterminal
portions of twitchin is decreased by phosphorylation of the sites that regulate catch. The data suggest that the twitchin molecule
itselfis the catch force beanng tether between thick and thin filaments. We present a model for the regulation of catch in which the
twitchin tether can be displaced from thin filaments by both (a) the phosphorylation of twitchin and (b) the attachment ofhigh
force myosin crossbridges.

1. Introduction

The hallmark of the contractile process in smooth muscle is
its ability to maintain force with a very high economy, that
is, a low expenditure of energy, through the slow cycling of
force-bearing crossbridges. In certain invertebrate smooth
muscles, such as adductors, force can be maintained for
many hours. This force, familiar to those who have attempted
to open the shells of oysters, scallops, clams, and mussels,
as well as the contraction of the anterior byssus retractor
muscle (ABRM) of the edible mussel Mytilus edulis, reflects
an unusual contractile state called “catch.” Functionally, the
catch state is an adaptation that allows the muscle to resist
stretch; this is important in the scallop, for example, in
controlling gape (openness of its shell) and for the mussel
in holding its byssus threads, which anchor it to rocks
and other substrates, tautly. The term “catch” was coined
nearly one hundred years ago by von Uexkull to describe
the state of prolonged tonic force maintenance on the

assumption that the muscle is “caught” in the shortened
state by a ratchet mechanism [1]. In molluscan smooth
muscle, calcium activates contraction by direct binding to
myosin [2]. Upon cholinergic nerve stimulation of the intact
ABRM, intracellular calcium rises rapidly and then decays
to near-resting concentrations [3] (Figure 1(b)). It is at
these low calcium concentrations that the catch state ensues,
and (in the absence of stimulation) force declines very
slowly, over a period of minutes, or even hours. Catch is
characterized by an extremely slow relaxation of force and
a very high resistance to extension in the face of a very low
expenditure of energy [4, 5]. Stimulation of serotonergic
nerves “releases” catch, that is, causes rapid relaxation,
which is mediated by the resultant increase in cAMP and
activation of protein kinase A [6, 7]. The simultaneous
stimulation of excitatory and inhibitory nerves leads to a
phasic contraction (Figure 1(a)), reflecting the overriding
influence of some cAMP-dependent process, leading to
decreased force production. The question of how cAMP
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Figure 1: Contractile responses of intact anterior byssus retractor muscle of Mytilus edulis. Muscles were bathed in artificial seawater (ASW)
and then treated as shown. (a) Phasic contraction. Muscle was activated with acetylcholine (50 μM) and at peak force serotonin (10 μM)
was added. (b) Activation, catch, and release of catch in intact muscle. Muscle was activated with acetylcholine (50 μM) for 1.5 minutes
which was washed out with ASW for 1.5 minutes. The condition of high-force maintenance is catch. Catch force was rapidly released upon
addition of 10 μM serotonin. Lower panel (orange) shows the time course of high-energy phosphate usage during activation and catch [8].
Lower panels (blue) show the time course of the accompanying changes in intracellular Ca++ during phasic and catch contractions based on
the work of Ishii et al. [3].

leads to abrupt relaxation was of interest to us because it
might provide a handle on how highly economical force
(latch, catch) was maintained and eventually released during
relaxation in mammalian as well as invertebrate smooth
muscles.

2. Theories on the Mechanism of Catch

Two main theories have been put forward for the catch
mechanism (reviewed by Ruegg [9]). The “linkage hypoth-
esis”, proposed by Lowy et al. [10], suggests that the links
between actin and myosin filaments (myosin crossbridges)
cycle rapidly during the early, phasic portion of contraction,
but are either locked in the attached state or detach very
slowly during the catch phase. This stands in contrast to the
“paramyosin hypothesis,” proposed earlier by Ruegg [11],
which assumes the operation of two functionally distinct
linkage systems for contraction and catch. In this model,
myosin crossbridges link with actin, but catch linkages
may involve paramyosin-paramyosin interactions among
neighboring thick filaments.

Catch muscles of molluscs contain actin filaments that
are generally similar to those in other invertebrate muscles
as well as vertebrate muscles (see extensive review in [12]).
However, the thick filaments are very large, with diameters of
40–90 nm and lengths up to 50 μm [10]. The thick filaments
are comprised of paramyosin, which forms a large diameter
core, and a monolayer of myosin which covers the surface
[13]. Paramyosin serves as a scaffold for myosin; it is bipolar
and myosin that attaches to it in a helical antipolar manner
[14]. The paramyosin content of the filaments varies, being

largest in muscles generating high forces. Thick filaments
in invertebrate muscles generating high forces also typically
have the largest diameters and longest lengths [15]. Force
produced by the intact ABRM is about 10–14 kg·wt/cm2,
in contrast to vertebrate skeletal muscle, where the force is
∼2.3 kg·wt/cm2 [10, 16]. Thick filaments from catch muscles
also contain the protein catchin (myorod), which is an
alternative product of the myosin heavy chain gene that has
a unique N-terminal sequence of 156 residues and the C-
terminal 830 residues of the myosin heavy chain [17, 18]. The
function of catchin is not known. In in vitro motility studies
catchin was not essential for demonstration of the catch
state [19]. Although there is some ultrastructural evidence
for aggregation of thick filaments in catch [20], other
studies showed the same filament distribution during phasic
and catch contractions of ABRM and provided compelling
evidence that filament aggregation may be a fixation artifact
[21]. In more recent studies by Takahashi et al. [22] no thick
filament aggregation was observed in the cross-section of
the fibers quickly frozen in the relaxed, actively contracting
and in the catch state. The thick filaments were occasionally
interconnected with each other either directly or by distinct
projections in all the three states studied, but to the greatest
extent in the catch state, leading the authors to suggest
that thick filament interconnections are responsible for the
catch state. However, it is difficult to envision how links
among thick filaments alone would maintain catch force.
It is interesting that in vitro the actin-activated myosin
ATPase activity of catch muscle can be inhibited by disorderly
aggregated “amorphous” paramyosin [23], but not by the
orderly aggregated paramyosin core of thick filaments [24].
Ruegg [25] speculated that such a phase change within
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paramyosin filaments may be induced by phosphorylation
of paramyosin by a cAMP-dependent protein kinase [26,
27]. This could influence the interaction of paramyosin-
myosin and/or paramyosin-paramyosin, actomyosin ATPase
and possibly crossbridge movement, and thereby enhance
catch [13]. The precise role of paramyosin in the contractile
process of intact muscle remains an enigma.

There is evidence from other early studies that address
the issues of relative crossbridge cycling rates during phasic
and catch contractions, and the basis of the high resistance
to stretch during catch. Sinusoidal vibrations of appropri-
ate frequency and amplitude have been found to reduce
force production during phasic contractions of vertebrate
vascular smooth muscle as well as ABRM, with complete
recovery of active force after cessation of vibration. However,
during catch in ABRM, force fails to recover following the
vibration-induced inhibition. The vibrations presumably act
by increasing the rate of detachment of crossbridges [28,
29] and, if so, this would suggest that once detached, the
crossbridges in catch do not reattach, or when reattached,
do not generate force. On the other hand, Kobayashi et
al. [30] found that sinusoidal vibrations reduced force but
not stiffness during catch and argued that catch force may
not simply be maintained by “locked-on” actin-myosin
cross-links, as originally proposed by Lowy and Millman
[31]. Along these lines, in a rather limited study, a higher
stiffness to tension ratio was observed during catch than in
active contraction [32]. Taken together with the observation
of an exceptionally high, serotonin-sensitive resistance to
stretch during catch, it is conceivable that some additional
filament interactions occur during catch. During catch, the
muscle shows an extremely high resistance to stretch (up to
100 kg/cm2) but does not redevelop force following a quick
release; upon return to the initial length, the prerelease force
is restored [16, 31, 33]. Catch stiffness is similar to rigor of
skeletal muscle, but unlike rigor, is not due to the depletion
of ATP from the muscle and is reversible [5, 34]. This is in
contrast to the phasic portion of the contraction, in which
the muscle resists stretch and redevelops force following a
quick release of 5%–10% of the muscle length [16, 31]. When
catch is released, the resistance to stretch decreases, with no
compromise of the phasic contractile response [35].

3. Catch and the Economy of Force Maintenance

Although initiated and controlled by neural activity, the
cellular basis of phasic and tonic behavior in invertebrate
smooth muscles, like mammalian muscles, resides in the
contractile machinery itself. An important property that
these smooth muscles share is the ability to regulate the
energy cost of force production and force maintenance. The
ability to maintain high force with low-energy usage was
first noted from measurements of heat production during
the contraction of the pharynx muscle of the edible snail
(Helix pomatia) by Bozler in 1930 [36]. Later measurements
of oxygen consumption during contraction of the ABRM of
Mytilus edulis showed that the energy usage for maintaining
a given force during catch is about one-tenth of that required

during the preceding period of contraction [4, 5]. Due
to their ability to maintain force with little energy usage
(actomyosin ATPase activity), vertebrate and invertebrate
smooth muscles are considered to be very “economical”.
The marked change in economy was traced to an ability
to regulate the rate at which crossbridges cycle during the
course of a contraction, such that crossbridge cycling rate
was high during force development and very slow during
force maintenance [16, 37–39]. Early evidence of a slow-
cycling rate and a catch-like state during force maintenance
(based on the absence of force recovery following a quick
release) in rabbit main pulmonary artery was reported in a
discussion of catch by the Somlyos [40]. The condition of
highly economical force maintenance in invertebrate smooth
muscle later served as the model for what is known as the
“latch” state of mammalian smooth muscle [39], primarily
because of similarities in mechanical behavior (slow velocity
of shortening) of the two muscle groups. At that time there
was no information on the regulation of catch.

4. Studies on Permeabilized Muscles

Phasic and catch contractions have been studied in muscles
from ABRM that have been permeabilized by treatment
with detergents or by glycerol extraction. Such preparations
provide the investigator the advantages of control of the
milieu of a structured contractile system and, as such, a
model system that is useful for the study of the regulation
of catch. The addition of calcium (10 μM) fully activates
contraction by binding to myosin [41], and its removal
establishes the catch state [42]. Catch can be released by the
addition of cyclic AMP or by addition of the catalytic subunit
of the cyclic AMP-dependent kinase [32, 43–46], which has
no effect on force development. Guth and colleagues [47]
measured the ATPase activity of permeabilized ABRM of
Mytilus edulis and found that following a calcium-induced
contraction lowering the calcium concentration rapidly
reduced the ATPase activity to resting levels at a time when
catch force had declined by only 30%–50% of maximum.
Treatment with cAMP released catch force with no effect on
ATPase activity. In a parallel experiment on the guinea pig
taenia coli, the changes in force and corresponding ATPase
activity during the application and subsequent removal of
calcium were qualitatively similar to those of the ABRM,
including a period of slow relaxation, during which Pi rather
than cAMP was used to released the latch state and accelerate
relaxation (similar responses, although probably based on
very different mechanisms). The taenia coli, like the ABRM,
shows no recovery of force following a quick release in
length during the period of slow relaxation [48]. Thus, the
permeabilized muscles faithfully follow the behavior of intact
catch and mammalian smooth muscles, and the two muscle
groups are strikingly similar in their contractile behavior.

The role of cAMP with the activation of the cAMP-
dependent kinase in the release of catch is certain [32, 43,
46, 49]. Paramyosin, myosin rod, and myosin light chains
have been shown to be substrates for phosphorylation.
Watabe et al. [50] noted that in myofibrils isolated from the
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white adductor (catch) muscle of Mercenaria, thiophospho-
rylation of paramyosin, through the action of an endoge-
nous kinase resulted in an inhibition of ATPase activity.
One of the regulatory light chains of myosin of scallop
adductor muscle has been shown to be phosphorylated by
a calcium- and calmodulin-independent cAMP-dependent
protein kinase [51, 52]. The kinase also phosphorylated
myosin heavy chains and paramyosin [53]. Phosphorylatable
serine residues close to the C-terminus on the rod portion of
myosin have been identified, and this favors folding (6 S–10 S
transition) of the myosin molecule [46, 54, 55].

Castellani and Cohen showed that phosphatase inhibi-
tion with NaF, or the use of a nonhydrolysable substrate such
as ATP-γ-S prevents catch, but not the initial force develop-
ment [46]. This suggests that calcium and phosphorylation
of specific proteins (either kinases or contractile proteins)
have separate roles in the regulation of contraction and catch,
but these have not yet been defined. They also showed that
prolonged treatment of the muscle with detergent during
permeabilization leads to the loss of catch force maintenance
which can be restored by the addition of calcineurin, a
calcium-calmodulin-regulated type 2B phosphatase [56].
Further, trifluoroperazine, a calmodulin inhibitor, reversibly
accelerates the loss of catch force. Taken together, the results
point to a calcium-regulated phosphatase, possibly activated
during the onset of contraction, which is essential for the
maintenance of catch force [56]. These two studies provided
the first link between the phosphorylation of some substrate
to release catch, and the calcium-dependent dephosphoryla-
tion of that substrate during the transition to catch following
activation. It is not known, however, whether more than
one kinase operates and how this relates to the phosphatases
that have been implicated, nor is there information on the
dephosphorylation reactions. Traditional studies measuring
32P incorporation into various proteins from γ 32P-ATP were
not successful at identifying the proteins whose change in
state of phosphorylation mediate entry into and/or exit from
catch [57].

5. Phosphorylation of a High Molecular Weight
Protein Regulates Catch

In order to identify the target(s) of A kinase-mediated
phosphorylation, we set out to determine the proteins that
undergo a change in phosphorylation on a time course
that corresponds to the release of catch in permeabilized
ABRM [58]. To do this, we took advantage of technology
involving flash photolysis of caged compounds. Specifically,
permeabilized muscles were put into catch in the presence
of ATP and caged 33P-ATP. cAMP was then added and
the muscles were immediately subjected to a UV flash that
caused photolysis of the caged ATP and a step increase
in the 33P content of ATP. The muscles were frozen at
different times after the flash. Figure 2 shows that there was
a large incorporation of 33P into a high-molecular-weight
protein (about 600 kDa) during the time that the catch force
underwent relaxation. Surprisingly, this could also be shown
in muscles that were not subjected to flash photolysis and

0

0.5

1

1.5

2

2.5
×10−5

V
ol

u
m

e
of

ba
n

d
(33

P
co

u
n

ts
)

0 10 20 30

Time after flash (s)

+cAMP

2.2

2.3

2.4

2.5

2.6

2.7

Fo
rc

e
(g

)

Figure 2: Time course of release of catch force and corresponding
incorporation of 33P into proteins of permeabilized ABRM fol-
lowing cAMP treatment and photolysis of caged 33P-ATP. Muscles
were frozen at times indicated after photolysis. Labeled proteins are
shown by the following symbols: �, ∼45 kDa; ©, ∼100 kDa; �, ∼
200 kDa; , high-molecular-weight protein. T = 20 C. Reproduced
from [58] with permission.

were, rather, simply incubated in 32P-ATP before addition of
cAMP. A phosphorimage of a gel-containing proteins from
muscles incubated in 32P-ATP and frozen under different
mechanical conditions is shown in Figure 3. The only protein
showing an increased degree of phosphorylation with the
addition of cAMP was the high-molecular-weight protein.
The only other obvious change in 32P incorporation in the
different conditions was an increase in phosphorylation in
the myosin light chain region of the gel with an increase
in calcium concentration (compare lanes A and B). Impor-
tantly, this did not increase further with cAMP treatment,
and the amount of 32P incorporated was only about 13% of
that in the high molecular weight protein. We also found that
(1) inhibition of the cAMP-dependent protein kinase, which
prevented the cAMP-induced increase in phosphorylation
of the protein, also inhibited the cAMP-dependent release
of catch; (2) cAMP dependent thiophosphorylation of the
protein prevents catch; (3) in intact muscle the phospho-
rylation of the protein is low when the muscle is activated
by acetylcholine, but increases significantly when catch is
released with serotonin treatment.

6. The High Molecular Weight Protein
Whose Phosphorylation State Regulates
Catch is Twitchin

The molecular weight of the catch-regulating protein was
similar to that of the minititin, twitchin. Twitchin is a
member of a family of giant protein kinases, which also
includes projectin and titin, having molecular masses from
700 to >3000 kDa. Twitchin is a protein that is encoded
by the gene unc-22 in C. elegans, and gained its name
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Figure 3: Protein phosphorylation under different mechanical conditions in permeabilized ABRM. Muscles were incubated with 32P-ATP
starting in an initial relaxing solution and then either frozen (a) after 4 min in relaxing solution, (b) after 1 minute in relaxing solution and
3 minutes in activation solution (pCa5), (c) treatment as in (b), plus 1 minute in relaxing solution (catch), and (d) after treatment as in (b),
plus 1 min in relaxing solution containing cAMP (release of catch). Shown are a Coomassie Blue-stained 4%–15% acrylamide gradient gel
and corresponding phosphorimager autoradiogram. T = 20 C. Reproduced from [58] with permission.

because animals lacking unc-22 showed a nearly constant
twitching rather than prolonged undulating contractions
of the body muscles [59]. Numerous immunolocalization
studies have shown that twitchin is associated with the
A band of nematode striated muscle [60], molluscan fast
striated muscle, and thick filaments of molluscan smooth
(noncatch) and catch muscles [61]. Along these lines, in
the noncatch accessory radula closer muscle of Aplysia, a
correlation between the cAMP-dependent phosphorylation
of twitchin and the rate of relaxation was found [62].

The above findings prompted the use of a procedure
designed for twitchin to isolate and purify the high-
molecular-weight protein from Mytilus ABRM. The mobility
in gels of the protein isolated in this manner was identical to
the catch-regulating protein, and it was phosphorylated by
the catalytic subunit of protein kinase A. Primers designed
from an N-terminal amino acid sequence of a peptide
from the catch-regulating protein and from the sequence of
Aplysia twitchin were used to obtain a derived amino acid
sequence for a partial cDNA of the isolated protein. The
Mytilus protein was 58% and 77% identical to C. elegans and

Aplysia twitchin, respectively. An affinity-purified polyclonal
antibody made against a peptide in the derived sequence
bound to the catch-relaxing protein. Based on these findings,
we concluded that the catch-relaxing protein is the Mytilus
isoform of the minititin twitchin [63].

7. Primary Structure and Domain Organization
of Mytilus Twitchin

The amino acid sequence derived from the full length cDNA
for twitchin from Mytilus ABRM showed a molecule with a
molecular weight of about 526 kDa containing 24 Ig and 15
fibronectin motifs in addition to a single kinase domain [64].
The motif arrangement is shown in Figure 4. A comparison
of minititins from Drosophila, crayfish, C. elegans, mosquito
and Mytilus shows that all of the known minititins have
an N-terminal region consisting of 9 to 12 Ig-like domains.
This is followed by a core region containing a variable
number of (Fn)2Ig repeats. There are 14 such repeats in
Drosophila projectin and only two in Mytilus twitchin. The
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Figure 4: The domain structure of Mytilus twitchin. Green, immunoglobulin-like motifs; yellow, fibronectin type III motifs; purple, kinase
domain; and red circles, phosphorylation sites. The underlined sequences near the N-terminus share 7 identical amino acids and contain the
DX and D1 phosphorylation sites ( ). The D2 phosphorylation site ( ) is near the N-terminus.

variable number of these structures appears to be the main
determinant of the difference in size of the proteins varying
from about 530,000 in Mytilus to 1,000,000 in Drosophila.
It is not known for what function, if any, the length of the
molecule is optimized. The exact number of (Fn)2Ig domains
does not appear to be critical, since in C. elegans up to 6
of these domains can be deleted without the animal taking
on the twitching phenotype associated with loss of twitchin
function [65, 66]. The next region of the molecule containing
the domains (Fn)3Ig(Fn)2Ig(Fn)3(Ig2)(Fn)2(Ig)2FnKinase is
identical in all of the minititins. Lastly, there are either 4 or
5 Ig domains at the C-terminus of the molecule following the
kinase domain.

There is considerable variability in the extent to which
minititins contain PEVK regions so named for a high
incidence of proline (P), glutamic acid (E), valine (V), and
lysine (K) residues. Mytilus twitchin includes a 79-residue
sequence between Ig domains 6 and 7 (from the N terminus)
in which more than 60% of the residues are P, E, V, or K
[64]. The short length of this segment may not be sufficient
to contribute much elasticity to the protein. There is also a
short PEVK sequence in mosquito projectin [66]. Drosophila
projectin contains a PEVK region (between Ig domains 8 and
9) and there appears to be alternative splicing in this region
resulting in a host of isoforms of projectin. The PEVK region
varies from 100 to 624 amino acids in these different isoforms
[67]. The similarity of this region to the PEVK region in
titin has led to the expectation that this portion of projectin
would, like titin, contribute to the passive elastic properties
of the muscle. The same region of crayfish projectin contains
a series of twelve 19-amino acid repeats, and each repeat
contains a high proportion of glutamic acid, lysine, and
valine. Although this region does not show much homology
with the PEVK region from Drosophila projectin, it does
contribute to the elastic properties of crayfish projectin [68].
Twitchin from C. elegans lacks a PEVK domain as such, but
has short regions rich in proline, glutamic/aspartic acid, and
serine in the inter Ig domains on each side of the third Ig
domain from the N-terminus [67, 69].

Mytilus twitchin also contains a DFRXXL motif in the
N-terminal portion of the molecule, as do all minititins.
The presence of this motif is interesting because studies by
Stull and collaborators suggest that it is this motif that is
responsible for binding of smooth and nonmuscle myosin
light chain kinase (MLCK) to actin [70–75]. The short form

of MLCK has its actin-binding site in the N-terminal 142
residues and included in this segment are three DFRXXL
motifs that are necessary and sufficient for actin binding.
Structural studies show that this N-terminal portion of the
short MLCK binds to F-actin at a specific site that is different
from, and thus should not interfere with, other actin-
binding proteins such as myosin, tropomyosin, caldesmon,
and calponin [75]. The presence of the DFRXXL motif in
the N-terminal region of all minititins suggests that this
portion of the molecules would show a tendency to bind
to actin. All of the PEVK-like domains noted above for the
minititins are in the inter-Ig domain just N-terminal to the
domain containing the DFRXXL motif. Fragments of the
PEVK domain of titin from both cardiac and skeletal muscle
have been shown to interact with actin and to slow actin
sliding over myosin in in vitro motility assays [76]. If the
PEVK-like domains bind actin, then the close proximity of
the PEVK-like domains and the DFRXXL motif might be
additive in their effect on the actin-binding properties of the
minititins.

8. Protein Kinase A Phosphorylation Sites in
Mytilus Twitchin

When twitchin isolated from Mytilus is treated with the
catalytic subunit of PKA, the stoichiometry of phospho-
rylation is about 3 mole phosphate per mole of twitchin.
Two phosphorylated peptides have been isolated from tryptic
digests of twitchin, and have been identified as D1 and D2.
The D2 phosphorylated peptide is located in the linker region
between the two Ig domains that are C-terminal to the kinase
domain. The D1 sequence is located in the linker region
between Ig domains 7 and 8 [64] in the N-terminal portion
of the molecule. A third phosphorylated peptide was not
successfully sequenced. It was noted, however, that there is
a potential phosphorylation site that shares a seven-residue
sequence with the D1 site and was located in the same
inter-Ig domain as D1. This site was named DX [64]. We
have since performed mass spectrometry experiments that
show the DX site is phosphorylated when cAMP is added to
permeabilized muscles. The mass of the DX peptide in Lys C
digests of twitchin is 1317.5 + H. In digests of twitchin from
muscles in catch, a peptide with this mass was identified,
but it was not present in digests of twitchin from muscles
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Figure 5: The effect of cAMP on the mechanical responses of permeabilized ABRM following activation at high (pCa 5) (a) and intermediate
(pCa 6) (b) concentrations of calcium, and the effect of cAMP on the relationship between isometric force and [Ca2+] in permeabilized
ABRM (c). In (a) and (b), permeabilized muscles were incubated in relaxing solution, followed by activation with calcium for 10 minutes
prior to addition of cAMP (100 μM) for 6 minutes. In (c), muscles were treated in a cumulative manner with increasing concentrations of
calcium. After a series of steady-state force measurements at a number of incrementing [Ca2+] were completed, a transition was made to
calcium solutions containing cAMP. Force responses were normalized to the maximum force at pCa5 + cAMP. T = 20 C. Reproduced from
[63] with permission.

that were subjected to cAMP treatment. Treatment of these
digests with Lambda phosphatase caused a reappearance of
the 1317.5 + H peptide. These experiments suggest that in
addition to phosphorylating the D1 and D2 sites, the DX
site in twitchin is also phosphorylated by PKA when cAMP is
added to permeabilized muscles and catch force is relaxed.

9. Relationships Among Twitchin D1 and
D2 Site Phosphorylation and Relaxation of
Catch Force

Phosphorylation-sensitive antibodies were used to determine
how the phosphorylation state of the D1 and D2 sites

of twitchin varied under different mechanical conditions
[64]. In intact muscles in catch the D2 site was less than
10% phosphorylated while the D1 site was about 40%
phosphorylated. Addition of serotonin to the muscle relaxed
catch force and caused maximum phosphorylation of both
sites. The increase in phosphorylation is reversed when the
muscle is subsequently put into the catch state. These results
are consistent with the idea that phosphorylation of both
sites causes relaxation of catch force and that maintenance
of catch force requires full dephosphorylation of the D2 site
and dephosphorylation of the D1 site in at least half of the
twitchin molecules. D1 site phosphorylations from 0 to 50%
appear to have little effect on catch force whereas higher
values are associated with relaxation of catch. On the other
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hand, phosphorylation levels in the D2 site exceeding 15%
were associated with relaxation. Interestingly, for both intact
and permeabilized muscles, phosphorylation of D2 to more
than 15% only occurred when D1 phosphorylation was 50%
or greater. Therefore, relaxation of catch only occurs when
both the D1 and D2 sites are phosphorylated, and the D1
site is more readily phosphorylated than the D2 site. The
maintenance of catch force when up to 50% of twitchin
molecules have the D1 site phosphorylated shows that
phosphorylation of this site alone does not cause detachment
of the catch link. On the other hand, full relaxation of catch
force occurs only when the D1 site is fully phosphorylated.
Phosphorylation of this site is therefore necessary, but not
sufficient to detach the catch link.

Twitchin isoforms have been identified in muscles from
Mytilus galloprovincialis [77]. All of the isoforms contain the
kinase domain and the D2 phosphorylation site, but they
show different sequences in the linker region containing the
DX and D1 phosphorylation sites resulting from alternative
splicing. In some isoforms a 63 amino acid sequence
containing the D1 phosphorylation site is deleted. These
isoforms are present only in muscles that do not exhibit
catch. In other words, the D1 phosphorylation site is always
found in catch muscle twitchin. These data led the authors
to conclude that the D1 site of twitchin is “essential to the
mechanism of catch” [77].

10. Catch Force is Present in
Submaximally Activated Muscles

Phosphorylation of twitchin has no effect on force at calcium
concentrations required for maximum force production,
but decreases force at calcium concentrations that yield
submaximum force production [63]. This observation can
be summarized as a twitchin-phosphorylation-dependent
shift in the force-calcium relationship as shown in Figure 5.
At intermediate calcium concentrations, phosphorylation
of twitchin causes a decrease in force with little or no
associated change in ATPase activity [8]. The “extra” force
that is maintained when twitchin is unphosphorylated does
not require an “extra” ATPase activity which makes it very
unlikely that the extra force is due to normal ATP-driven
myosin crossbridge cycling. Rather, the extra force has a very
high economy (i.e., very low energy demand) as does catch
force maintenance. This suggests that the mechanism that
gives rise to catch force maintenance can operate to some
extent together with that of cycling myosin crossbridges.

11. The Structure Responsible for
Catch Force Can Adjust During Shortening
if the Muscle Is Activated

One of the hallmarks of the catch state is the absence of force
redevelopment following a quick release in length. This has
been interpreted to mean that the catch force—maintaining
structures do not cycle and redevelop force when muscle
length is decreased. The observation that catch force exists
during activation at intermediate calcium concentrations

5 min

1
g

−15% Lo

pCa 6.3 pCa 5

cAMP

Force

Length

Figure 6: Effect of muscle shortening and force redevelopment
on cAMP-dependent force production at pCa 6.3 in permeabilized
ABRM. After activation in pCa 6.3 for ∼15 minutes, the muscle was
subjected to a quick release of 15% Lo. Force quickly fell to zero
and then redeveloped. 100 μM cAMP was then added to the bathing
medium, and force decreased. The muscle was then maximally
activated in pCa5 in the presence of cAMP. T = 20 C. Reproduced
from [8] with permission.

raised the question as to whether the structures responsible
for catch force can cycle when the muscle is activated. If the
structures adjust during muscle shortening, then catch force
could be redeveloped and subsequently maintained at a new
shorter muscle length. This was tested in a muscle activated
at submaximal calcium (pCa 6.3) and then subjected to
various quick releases in the range 10%–30% Lo. The large
releases that caused force to decrease to zero would be
expected to cause a buckling or detachment of all of the
force-maintaining structures. Force redeveloped following
the release, and, as shown in Figure 6, addition of cAMP
and phosphorylation of twitchin still resulted in a decrease
in force [8]. This means that some of the redeveloped force
was due to structures that are dependent on twitchin phos-
phorylation. That is, the catch force-maintaining structures
present following activation can detach upon shortening and
subsequently reattach to maintain newly developed force
at the shorter muscle length. Even though the structures
responsible for catch force do not require an energy input
for force maintenance, they do appear to readjust (cycle)
when an activated muscle is allowed to shorten. The fact
that redevelopment of catch force following a quick release
only occurs in activated muscles suggests that cycling myosin
crossbridges may be required for catch force-maintaining
structures to readjust and contribute to the redeveloped
force.

12. In Activated Muscles, the Presence of Catch
Does Not Affect the Kinetics of Crossbridge
Cycling under Isometric Conditions, but
Does Alter the Kinetics During Shortening

The rate of myosin crossbridge cycling was measured as the
single turnover of myosin-bound ADP. The basic premise of
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the method is that most myosin has ADP bound at any given
time, and that the time course of release of the bound ADP
and replacement with new ADP subsequent to ATP binding
and splitting gives an accurate measure of kinetics of myosin
crossbridge turnover. This method was used to test whether
twitchin phosphorylation in activated muscles changed the
kinetics of myosin cycling. Under isometric conditions, there
is no effect of twitchin phosphorylation on the rate of
myosin crossbridge turnover at a calcium concentration that
gives submaximal force output, even though force output
decreased as a result of the phosphorylation [78]. This
supports the view that removal of catch links has no effect
on myosin crossbridge turnover under isometric conditions
at intermediate calcium concentrations.

In the 1920s, Fenn described experiments that showed
that muscles that shortened and performed external work
liberated a higher total energy than muscles kept under
isometric conditions [79]. This observation means that the
rates of the energy producing reactions in muscle change as
a function of the mechanical conditions. Many years later,
Huxley formulated a model of muscle contraction in which
the rate constants for the attachment and/or detachment of
myosin and actin depend on the amount of strain on the
myosin crossbridge [80]. More recent experiments suggest
that the rate constant for ADP release from actin-attached
myosin is one of the main strain-dependent steps in the
myosin crossbridge cycle [81]. High force conditions (associ-
ated with isometric conditions) would tend to minimize the
movement of the myosin crossbridge and keep ADP release
slow, whereas low-force conditions following a decrease in
muscle length would lower the strain on the crossbridge and
increase both the rate of ADP release as well as the overall
rate of myosin crossbridge cycling.

The strain dependence of myosin crossbridge turnover in
catch muscle was determined by comparing myosin-bound
ADP turnover under isometric and shortening conditions
[78]. When a muscle is maintaining catch force at very
low (basal) calcium concentrations, no strain dependence
following a quick release was detectable. On the other
hand, at calcium concentrations that result in near-maximal
activation (no catch component of force output), there is
an approximately three-fold increase in the rate constant
for myosin-bound ADP turnover when the crossbridge
is unstrained by a quick release compared to isometric
conditions. The use of similar methods showed about a
five-fold increase in myosin-bound ADP turnover following
a quick release in mammalian smooth muscle [82]. In
addition, Khromov et al. [83], using different methods,
found about a two-fold increase in the rate constant for ADP
release from myosin with a decrease in strain in mammalian
smooth muscle. So, the fully activated catch muscle shows a
similar increase in myosin crossbridge turnover as do other
smooth muscles.

Surprisingly, at intermediate calcium concentrations
where the muscle is only partially activated, there was no
significant increase in the rate of turnover of myosin fol-
lowing a quick release when twitchin was unphosphorylated.
In contrast, when twitchin is phosphorylated and the catch
component of force output is thereby removed, there is

an increase in myosin turnover associated with shortening.
Clearly, the presence of the catch force-maintaining structure
alters the response of myosin to a decrease in muscle length.
It is possible that the catch link prevents the immediate
motion of the myosin head following the quick release.
This could occur if the link tightly connects thick and
thin filaments and prevents or slows the relative motion
of the filaments following release. A slowing in the relative
motion of the filaments by such a linkage would delay much
of the expected increased turnover of myosin-bound ADP
following a quick release. Since the single turnover protocol
only measures the kinetics of the first turnover of each
myosin-bound ADP, the ADP turnover on myosin for the
first crossbridges that cycle following a quick release would
be similar to isometric conditions, whereas the crossbridges
that cycle later could have a higher rate reflecting the
progressive detachment of the catch link as the shortening
progresses.

13. Is Catch Force Maintenance Due to
the Unique Kinetics of Myosin Crossbridges
or is it Due to the Presence of Some Other
Protein Linking Thick and Thin Filaments
When Myosin Crossbridges Detach?

Several studies have attempted to determine which of the two
prevailing theories of catch, described above, was correct.
The fact that catch force-maintaining structures appear able
to slowly detach and reattach during and following muscle
shortening (as does myosin) led us to initially favor the
view that myosin-actin linkages are responsible for the
maintenance of catch force [8, 84]. However, as discussed
below, the preponderance of current evidence favors the idea
that there is a link between thick and thin filaments other
than the myosin crossbridge that mediates catch. Some of the
unique mechanical aspects of catch that support this view are
summarized in the following findings.

13.1. Catch Force Remains Following Detachment of Myosin
Rigor Crossbridges by Addition of MgATP. The relationship
between the catch link and myosin crossbridge detachment
from actin was studied by determining how rigor force
relaxes following addition of MgATP [84]. Addition of
MgATP to permeabilized muscles in high-force rigor in the
absence of calcium resulted in a rapid loss of a small compo-
nent of force followed by a very slow rate of relaxation that
is characteristic of catch (Figure 7). Subsequent addition of
cAMP causes a relaxation of the remaining force. If twitchin
is thiophosphorylated before the addition of ATP, no catch
component remains. These results show that catch force
persists following detachment of rigor myosin crossbridges as
long as twitchin is unphosphorylated. A similar dependence
of force relaxation from rigor on twitchin phosphorylation is
seen with AMP-PNP and ATPγS (nonhydrolysable analogs
of ATP). This suggests that the catch force persistence is
not due to crossbridges that detach and then go through
cooperative reattachment to actin [85] since there would
be no hydrolysis of nucleotide to ADP that necessary as
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Figure 7: Force responses following release of ATP from caged
ATP in permeabilized ABRM. Muscles were put into high-force
rigor by activation in pCa5 and then transferred to a pCa5-
rigor solution containing apyrase (0.2 mg/mL). Calcium was then
lowered to pCa > 8. Caged ATP (4 mM) was added 4 min before
the flash and the muscle was transferred to a solution containing
1 mM MgATP ∼4 s following the flash. cAMP was added at the
time shown. Solid line, twitchin not phosphorylated; dashed lines,
twitchin thiophosphorylated. T = 20 C. Reproduced from [84] with
permission.

a prelude to attachment. Under rigor conditions, where
there is little if any ADP bound to myosin, the burst of
ADP formation following addition of ATP (measured from
3H-ADP formation following photolysis of caged 3H-ATP)
equals the myosin head concentration and is not dependent
on the state of twitchin phosphorylation. This means that
all of the myosin binds ATP and that catch force is not
due to rigor crossbridges that persist following addition of
ATP. It also argues against the possibility that there is a
significant fraction of myosin having ADP bound in the
rigor muscle that could possibly be responsible for continued
force maintenance after addition of ATP. These results
strongly suggest that if catch force is maintained by myosin
crossbridges, then ATP binding to the rigor catch crossbridge
does not lead to detachment of the catch crossbridge even
though ATP is rapidly hydrolyzed. The experiments also
show that if myosin crossbridges are responsible for catch
force maintenance, then they have ADP bound. Of course,
such experiments are also consistent with a mechanism in
which catch force is maintained by an independent link
between thick and thin filaments that is not mediated by the
myosin crossbridge.

13.2. Relaxation of Catch Force by Phosphorylation of Twitchin
Is Not Associated with a Measurable Turnover of Myosin-
Bound ADP. If myosin crossbridges with ADP bound inter-
act with actin to maintain catch force, then relaxation of
catch force by twitchin phosphorylation should bring the
crossbridge back to the resting state by completion of the
myosin crossbridge cycle. This would involve the release of
ADP followed by ATP binding, crossbridge detachment, and
subsequent ATP splitting with ADP and Pi remaining bound
to the myosin. The results of single turnover experiments
showed that a major fraction of myosin does not turn
over ADP during the detachment of catch force-maintaining
links [78]. It is therefore unlikely that relaxation of catch
involves the detachment of myosin from actin through

steps normally occurring during completion of the myosin
crossbridge cycle. Although such experiments do not rule out
the involvement of an actin-myosin crossbridge attachment
in catch force maintenance, they make it less likely since
detachment of myosin from actin during relaxation of catch
would have to be different from that exhibited by every other
myosin II studied.

14. Is the Catch Force-Maintaining Structure
a Myosin Crossbridge Whose Detachment Is
Prevented by Unbinding of Calcium?

A scheme that would include myosin in catch force mainte-
nance is based on a modification of the original “latchbridge”
model for the regulation of force output in mammalian
smooth muscle [86]. In this model, phosphorylation of the
regulatory light chain of myosin results in myosin cross-
bridge cycling with force development and maintenance.
Subsequent dephosphorylation of the myosin light chain
while myosin is attached to actin and generating high force
results in a large decrease in the rate constant for detachment
of the unphosphorylated crossbridge. In this way, high
force would be maintained by the dephosphorylated myosin
crossbridge with little associated myosin ATPase activity, and
with little myosin light chain phosphorylation. It is now
known that there are other mechanisms that play a role in
the maintenance of force by myosin with unphosphorylated
light chains. These include cooperative activation of unphos-
phorylated crossbridges by phosphorylated crossbridges [85,
87–91] and possibly tight binding of ADP to myosin
giving rise to a slow detachment rate from actin associated
with accumulation of ADP [92]. Even with these other
mechanisms the idea that dephosphorylation of attached
myosin leads to slowed detachment from thin filaments and
results in force maintenance is an attractive mechanism.

Application of the latch model to catch muscle requires
two major modifications. Since invertebrate catch smooth
muscle is regulated directly by calcium binding, the binding
of calcium to and release from myosin would replace the
phosphorylation and dephosphorylation of the myosin light
chain. The other modification is that the detachment rate
constant of the catch crossbridge would presumably be
regulated by the state of phosphorylation of twitchin. In
such a myosin crossbridge model of catch, calcium binding
to myosin initiates myosin interaction with actin, and
the myosin crossbridge would go through normal cycles
involving attachment to actin, development of force, and
subsequent detachment. But unbinding of calcium while
the myosin is in the actin-attached high force state would
lead to a catch crossbridge whose detachment rate constant
would be very slow. Phosphorylation of twitchin would
increase the detachment rate constant for the calcium free-
catch crossbridge, and relax catch force. Myosin could also
detach from actin by rebinding calcium and re-entering the
normal crossbridge cycle. Such a general model of catch
involving the myosin crossbridge could account for many of
the mechanical responses in intact [93] and permeabilized
catch muscle [8].
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Figure 8: Effect of blebbistatin on force output and on the
sensitivity of force to twitchin phosphorylation in permeabilized
ABRM. Note that the addition of cAMP after blebbistatin treatment
decreased force in pCa5 to nearly that present in relaxing solution
(pCa > 8). T = 20 C. Reproduced from [98] with permission.

15. How Is Catch Force Modified by Agents
that Inhibit the Transition from Low Force
to High Force in Myosin?

The amount of catch force that exists under different
mechanical conditions in permeabilized muscles can be
quantified by determination of the amount of force that is
relaxed upon the addition of cAMP and associated phospho-
rylation of twitchin. This allows the assessment of how catch
force depends on factors that modify myosin interaction with
actin and provides a powerful tool in probing the mechanism
responsible for catch force maintenance. Such experiments
provide a direct means of determining whether the catch
force-maintaining structure is a myosin crossbridge that is
attached to actin, whose detachment is prevented by the
unbinding of calcium from myosin.

Blebbistatin inhibits the actin-activated ATPase activity
of myosin II [94, 95] by preventing phosphate release from
the myosin head, and thus trapping myosin in the ADP
and phosphate-bound state with low actin affinity [96].
Blebbistatin acts by binding to the 50 kDa cleft of myosin
near the γ-phosphate-binding site [97], thereby keeping
the myosin crossbridge in the weak actin-binding state.
Blebbistatin is an effective inhibitor of myosin in catch
muscle since it totally inhibits the increase in ATPase activity
when calcium is increased from pCa > 8 to pCa 5 [98].
The effect of blebbistatin on force output in catch muscle
at pCa 5 is shown in Figure 8. Under these conditions,
blebbistatin causes a partial relaxation of force that can
be fully relaxed by the addition of cAMP. As expected,
the cAMP results in phosphorylation of twitchin. This
twitchin phosphorylation-dependent decrease in force was
unexpected because previous experiments at high calcium
had shown that there is no such effect in the absence of
blebbistatin. Since the residual force during treatment with
blebbistatin is not associated with a measurable myosin
ATPase activity and is relaxed by twitchin phosphorylation, it
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Figure 9: Relationship between the fractional decrease in force
caused by phosphorylation of twitchin and the total force (P/Po)
before twitchin phosphorylation in permeabilized ABRM. Data for
individual muscles are shown as the following: pCa 4.5, + Pi (�);
pCa 5, control ( ), Pi 5 mM ( ), Pi 25 mM ( ), blebbistatin 1.25–
25 μM (∇); pCa 5.7, control (�), Pi 5 mM (�); pCa 6, control ( ,
�), Pi 5 mM (©), BDM 10 mM (�), TFP 200 μM (�); pCa 6.3
(�), Pi 5 mM ( ); pCa 7, (�). Mean ± SE (N = 16) for catch force
remaining 10 minutes ( ), 20 minutes ( ) after switch from pCa 6
to pCa > 8. The line is a least squares quadratic fit to the data. T =
20 C. Reproduced from [98] with permission.

is catch force. Therefore, catch force can be maintained under
high calcium conditions in the presence of blebbistatin. Such
results are not consistent with the idea that catch force is
maintained by a high force actin-attached myosin crossbridge
whose detachment is prevented by the unbinding of calcium
from myosin. Calcium is still present under these conditions
and calcium-bound high force myosin would be expected to
have a high rate of detachment from actin. This detachment,
in addition to the blebbistatin-mediated inhibition of the
transition of the myosin crossbridges into the high-force state
would result in all of the myosin being in the weakly bound
low-force state and, thereby, unable to maintain catch force
in this model.

Other inhibitors of the low-to-high force transition of the
myosin crossbridge including inorganic phosphate, butane-
dione monoxime, and trifluoperazine caused a decrease in
total force and an increase in the catch force, measured as
relaxation on addition of cAMP and phosphorylation of
twitchin [98]. A decrease in force for any reason (other than
twitchin phosphorylation) may be inherently associated with
an increase in catch force. It may be that the total force itself
determines the amount of catch force present, rather than
other factors such as calcium concentration. For example,
the amount of catch force may be the same at a force of 50%
Po whether that force was generated in a muscle activated
with submaximal calcium concentrations or in a muscle that
is maximally activated in high calcium in the presence of
an inhibitor of the low-to-high force transition of myosin.
Figure 9 shows the relationship between the fraction of force
that is catch and the total force output of the muscle. At
high forces there is little catch force, and at low forces the
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Figure 10: Dependence of total force and catch force on noncatch
force under various conditions in permeabilized ABRM. The data
are derived from the same experiments shown in Figure 9. Noncatch
force is that remaining after addition of cAMP, while catch force ( ,
solid line) is the change in force resulting from addition of cAMP.
Total force (©, dashed line) is the force before cAMP addition. Also
shown are the mean ± SE for catch force remaining 10 minutes ( )
and 20 minutes ( ) after switch from pCa 6 to pCa > 8. The lines
are least squares quadratic fits to the data. Reproduced from [98]
with permission.

fraction of total force that is catch increases. At a given total
force, the amount of catch force is not affected by the calcium
concentration or presence of the above inhibitors.

Total force output can be apportioned into catch force
and noncatch force which is presumably due to cycling
myosin crossbridges using the data shown in Figure 9.
Since twitchin phosphorylation does not change the muscle
ATPase activity or the turnover of myosin-bound ADP,
crossbridge cycling and its associated noncatch force are not
modified by twitchin phosphorylation. Figure 10 shows the
dependence of total and catch force on noncatch force. When
the force output from myosin crossbridge cycling is high,
catch force is low. As the force from myosin crossbridge
cycling decreases, catch force increases almost linearly to
about 30% of total force.

16. Is the Catch Structure a Molecule Other than
Myosin That Can Bind Both Thick and Thin
Filaments and Which Can Be Displaced from
the Thin Filament by High-Force Myosin
Binding to Actin?

The data suggest that myosin in the high-force state is
associated with detachment of catch links whereas myosin
in the low-force state promotes formation of catch links. It
is possible that myosin interacts with the catch link in such
a way that when myosin is attached to actin in the high
force state it displaces the catch link from actin, preventing
any catch force maintenance. When myosin detaches from

actin and enters the low force state, the catch link has access
to actin-binding sites and the force-maintaining catch link
can reform. Phosphorylation of twitchin will also detach the
catch link regardless of the state of activation of the muscle.
The binding of the catch link to the thin filament may be
regulated by structural changes in the thin filament caused
by interactions of the myosin crossbridges.

A mechanism that includes a myosin crossbridge-
mediated control of the binding of an independent catch
link to the thin filament could be the basis of several
of the mechanical and biophysical results obtained. Some
examples are the following. (1) Catch force maintenance with
no associated ATPase and no effect of twitchin phosphorylation
on myosin crossbridge kinetics under isometric conditions. The
catch link itself has no ATPase activity and any force that
is maintained results from myosin crossbridge cycling or
resistance to lengthening of the muscle. Also, the detachment
of the catch link would not be expected to affect myosin
crossbridge turnover so there would be no change in myosin
ATPase or myosin-bound ADP turnover under isometric
conditions as a result of twitchin phosphorylation. (2) Catch
force inhibits the strain-dependent increase in myosin-bound
ADP turnover during shortening at intermediate calcium
concentrations, but not under maximally activated conditions.
The catch linkage which provides a connection between thick
and thin filaments would be expected to partially interfere
with the relative motion of the filaments following release of
the muscle. This would slow the initial cycling of myosin.
Detachment of the linkage by either myosin binding as
described above or by the relative translation of filaments
resulting from some myosin cycles would subsequently allow
robust shortening of the muscle. There would be no such
interference with relative translation of the filaments when
the muscle is fully activated since no catch link is present
before the shortening. The expected increase in rate constant
for single turnover of myosin-bound ADP occurs under
this condition. (3) Catch force maintenance coexists with
myosin crossbridge cycling. Catch force maintenance would
be present under all conditions except when the maximum
number of myosin crossbridges is attached to actin. When
a myosin crossbridge detaches from actin, the catch linkage
forms between thick and thin filaments. If the linkage forms
after the crossbridge detaches from the thin filament, then
the linkage cannot maintain the force generated from that
crossbridge. But the catch link would maintain some of
the force from myosin crossbridges that are attached when
the catch linkage forms, but which detach during the time
that the catch link is still attached. In this way there is,
on average, an extra force output resulting from such catch
linkages. In effect, the catch linkage extends the duty cycle
of myosin crossbridges that are generating force when the
linkage is formed and which detach before the catch link.
(4) Redevelopment of catch force maintenance following muscle
shortening at intermediate calcium concentrations. The catch
link would cycle during shortening because myosin would
still interact with actin and displace the link which would
re-form when the myosin crossbridge detaches. Both catch
and noncatch force would redevelop at the new muscle
length. (5) Catch force remains following detachment of rigor
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myosin crossbridges by addition of MgATP. If myosin in the
high-force actin-attached state displaces the catch link from
the thin filament, then one would expect that when the
muscle is in high-force rigor, catch links would be detached.
But when the rigor myosin crossbridges bind ATP and
detach from actin, the catch link would bind to the thin
filament. Since not all myosin crossbridges would detach at
the same instant, some catch linkages could form before all
rigor myosin crossbridges detach. In this case, these linkages
would maintain some of the force from such late detaching
crossbridges even after they have bound ATP and detached.
There would, therefore, be catch force maintenance when
ATP is added to a muscle in high-force rigor.

17. The Twitchin Molecule is a Likely
Candidate for the Catch Link Between
Thick and Thin Filaments

Since the phosphorylation state of twitchin controls catch
force maintenance it is an obvious candidate for the catch
link. In vitro motility studies on isolated proteins including
thick filaments formed from only purified myosin, F-actin
and twitchin have shown mechanical results consistent with
the catch state [19]. When added to permeabilized human
skeletal muscle fibers, twitchin isolated from molluscan catch
muscle causes a “catch-like stiffness” which decreases when
twitchin is phosphorylated [99]. This strongly suggests that
twitchin is sufficient to mediate catch behavior between thick
and thin filaments.

Muscles that do not exhibit catch may also contain
twitchin, but their twitchin content is considerably less than
that of catch muscles. For example, there is 3-fold less
twitchin per myosin heavy chain in the scallop obliquely
striated adductor muscle than in the smooth adductor
muscle that shows catch. The twitchin from noncatch
muscles also shows the ability to confer catch-like properties
on isolated proteins [100]. This suggests that the twitchin-
mediated interaction between thick and thin filaments may
occur in other than catch muscle and that such interactions
may modulate relaxation rate [100]. The amount of twitchin,
and perhaps the specific isoform present (see [77]) may
determine the extent to which classical catch properties are
exhibited by a particular type of muscle.

18. Biochemical Evidence that Twitchin is
the Catch Link

18.1. Twitchin Binds to the Thick Filament. In molluscan
catch muscle, an antibody against twitchin binds along
the entire length of isolated thick filaments as well as
thick filaments in tissues as observed in immunoelectron
microscopy [61]. This is also shown in greater structural
detail in Figure 11, in which the kinase domain of twitchin
was immunogold labeled in isolated thick filaments from the
ABRM of Mytilus edulis (Siegman and Butler, unpublished).
Comparison of the Coomassie Blue staining of twitchin and
myosin heavy chain in gels containing whole protein extracts
from intact ABRM of Mytilus edulis show that twitchin is

0.2μm

Figure 11: Thick filament from ABRM with immunogold labeling
of the kinase domain of twitchin. Gold particles are 10 nm in
diameter. Filaments were stained with 2% uranyl acetate. Striated
appearance of filaments has a ∼14 nm repeat and there is about
200 nm between clusters of gold particles.

9% of myosin heavy chain. Given the difference in molecular
weights, there is one twitchin for every 14-double-headed
myosins [58]. A similar ratio of twitchin to myosin heavy
chain was found in whole muscle samples as in isolated thick
filaments (Butler and Siegman, unpublished observations).
These data show that most of the twitchin is bound to the
thick filament tightly enough to remain attached during the
thick filament isolation procedure [101]. In vitro binding
of twitchin has been shown to myosin, paramyosin, and
catchin, all of which are components of the thick filaments
[102]. Although twitchin binds to both the rod and heavy
meromyosin portions of myosin, binding to the latter was
stronger. Phosphorylation of twitchin only slightly decreased
the extent of twitchin binding to myosin [102].

18.2. Twitchin Binds to the Thin Filament. Turbidity, vis-
cosity and cosedimentation experiments show that twitchin
interacts with F-actin [103]. The interaction was not depen-
dent on calcium concentration, but was highly regulated
by the phosphorylation state of twitchin. Twitchin that was
treated with the catalytic subunit of protein kinase A did not
interact with actin. It is interesting that under some condi-
tions, twitchin appeared to crosslink thin filaments such that
co-sedimentation of twitchin and F-actin mixtures occurred
at centrifugal forces at which the individual proteins do not
pellet. This suggests that there are at least two actin-binding
regions in the molecule.

18.3. The C-Terminal Portion of Twitchin Containing the
D2 Phosphorylation Site and Adjacent Ig Domains Forms a
Trimeric Complex with Myosin and Actin. The D2 regulatory
phosphorylation site in the C-terminal portion of twitchin
is located in a linker region between the Ig domains
that are immediately adjacent to the kinase domain. A
recombinant protein containing these Ig domains and the
linker region (IGD2IG) has been shown to bind to F-
actin, myosin, and paramyosin [104]. Thiophosphorylation
of the D2 site (which mimics phosphorylation) causes a
decrease in binding of IGD2IG to all of these proteins. Co-
sedimentation of a trimeric complex of F-actin, myosin, and
IGD2IG occurred only when IGD2IG was unphosphory-
lated. The IGD2IG-binding site on actin was identified by
making enzymatic digests of actin and determining which
of the peptides bound to the unphosphorylated twitchin
fragment. Only one peptide with a sequence of LVCDNGS
bound to IGD2IG [104]. This sequence is located near the
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sequence of actin that interacts with the loop 2 region of
myosin, and a synthetic peptide containing the sequence
was found to compete with actin for binding of IGD2IG.
Thiophosphorylation of the D2 site prevents the binding
of the actin peptide [104]. Additional studies have shown
that a peptide derived from the myosin loop 2 sequence
(CAQNKEAETTGTHKKRKSSA) binds to IGD2IG and also
interferes with formation of the trimeric complex among
F-actin, myosin, and IGD2IG [105]. These results suggest
IGD2IG links myosin and actin by binding to the loop 2
portion of myosin and to the region of actin where the loop
2 region of myosin binds [105]. Taken together, these results
support the idea that the D2 region of twitchin is part of
the mechanical link tethering thick and thin filaments and
is at least partially responsible for catch force maintenance.
The fact that the IGD2IG binds to the loop 2 region of
myosin and its corresponding binding site on actin suggests
that the binding of myosin to actin during crossbridge
cycling might prevent IGD2IG binding and remove the
twitchin- mediated tether between thick and thin filaments.
This possibility is supported by the finding that addition of
calcium and resulting myosin crossbridge cycling decreased
the co-sedimentation of the trimeric complex of myosin,
actin, and IGD2IG [105].

18.4. The N-Terminal Portion of Twitchin Containing the DX
and D1 Phosphorylation Sites Binds Both Thick and Thin
Filaments. The DX and D1 regulatory phosphorylation sites
are located in the linker region between the 7th and 8th
IG domains from the N-terminus of twitchin. This linker
region also contains a DFRXXL actin-binding motif. Our
experiments involving a recombinant protein containing this
linker region and adjacent IG domains (IGDXD1IG) show
phosphorylation-dependent co-sedimentation of the protein
with both native thick and thin filaments from the ABRM
of Mytilus edulis. Similar phosphorylation-dependent co-
sedimentation with thick and thin filaments occurs with
a recombinant protein (DXD1) consisting of only the
linker region containing the two phosphorylation sites. The
binding of DXD1 to native thin filaments shows a Kd of
approximately 16 μM and a maximum binding of 1 mole
per mole of actin. Phosphorylation of DXD1 increases the
Kd by about 6-fold if it is assumed that maximum binding
is 1 mole per mole of actin. Unphosphorylated IGDXD1IG
shows somewhat tighter binding to actin (Kd <5 μM). Both
of these unphosphorylated proteins increase force output
in permeabilized ABRM under conditions of submaximal
activation, and this effect is not present when the proteins
are phosphorylated. This suggests that both IGDXD1IG and
DXD1 are sufficient for tethering thick and thin filaments
and for adding a catch force component to total force output
from the muscle.

There appear to be at least two thin filament interaction
sites in the DXD1 linker region. Both a 52-residue peptide
surrounding the DX site (which also contains the DFRXXL
actin-binding motif) and a 47-residue peptide surrounding
the D1 site show co-sedimentation with native thin filaments.
Addition of these peptides to permeabilized muscles causes

an increased rate of relaxation of catch force. This result
is consistent with these peptides displacing native twitchin
from actin during catch and confirms the central role that the
DXD1 region plays in the mechanism of catch. Interestingly,
in muscles in which twitchin has been thiophosphorylated
and all force is due to cycling myosin crossbridges, the
unphosphorylated DX peptide inhibits force output. When
the DX peptide is phosphorylated, the extent of inhibition is
decreased. These findings suggest that the unphosphorylated
DX region of twitchin can interact with actin to either
interfere with myosin binding to actin or to prevent the
transition of myosin crossbridge from the low-force to high-
force state. The inhibition of force by the DX peptide suggests
that this region of twitchin may compete with myosin for
binding to actin and, as such, may be responsible for the
proposed displacement of twitchin from actin and associated
loss in catch force when myosin crossbridges interact with
actin.

19. A Belt and Suspenders Model of Catch

The data are consistent with twitchin being a tether between
thick and thin filaments that is responsible for catch force
maintenance. Both the N- and C-terminal portions of
twitchin contain phosphorylation sites that regulate catch,
and both of these regions have properties consistent with
twitchin being an independent tether between thick and
thin filaments. A cartoon of two such tethers in a twitchin
molecule is shown in Figure 12. The redundancy provided
by two force-bearing tethers in each twitchin molecule
would provide an especially secure “belt and suspenders”
connection between thick and thin filaments and would
promote long-term force maintenance and resistance to
stretch during catch.

A model for catch that is a modification of one we
described earlier [98] is shown in Figure 13. The myosin-
twitchin-actin interactions described apply independently to
both the N- and C-terminal regions of twitchin as shown in
the “belt and suspenders” cartoon. In the relaxed state, (a)
the myosin crossbridge is in the low-force state and detached
from the thin filament. The DX, D1, and D2 regulatory sites
in twitchin are phosphorylated, and twitchin is detached
from the thin filament. When the muscle is activated there
is an increase in [Ca+2] and the crossbridge binds to the
thin filament in the low-force state (b). Twitchin is displaced
from the thin filament as a result of crossbridge binding
to the thin filament. Twitchin is also dephosphorylated by
activation of the phosphatase calcineurin. The crossbridge
then makes the transition to the high-force state (c) resulting
in force generation. Twitchin is still detached from the thin
filament because of the myosin interaction with the thin
filament. When the calcium concentration decreases, myosin
detaches from the thin filament and the unphosphorylated
twitchin is attached to both the thick and thin filaments
(d). This is the catch state. The asynchronous activity of
crossbridge cycling allows some crossbridges to detach from
actin with formation of the trimeric catch complex while
some other crossbridges are still attached and maintaining
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DXD1
Kinase D2

Figure 12: A belt and suspenders model of twitchin interaction with the thick and thin filaments in catch. The redundancy provided
by two force-bearing tethers in each twitchin molecule is shown. The N- and C-terminal portions of twitchin that contain regulatory
phosphorylation sites are shown to be independent tethers. The N-terminal tether shows the region surrounding the DX and D1
phosphorylation sites interacting with the thin filament, and the C-terminal tether shows the region surrounding the D2 phosphorylation
site interacting with the thin filament. The evidence for the DXD1 region binding to the thin filament comes from this work and the evidence
for D2 and adjacent Ig domains comes from [104, 105].

force. The tether formed when the first crossbridges detach
will then maintain some of the force of those crossbridges
that detach later. In this way force maintenance results from
catch linkages when the calcium concentration is decreased.
The catch linkage essentially extends the duty cycle of myosin
crossbridges that are generating force when the linkage is
formed and which detach while the catch link is maintained.
Phosphorylation of the regulatory sites in twitchin at resting
[Ca+2] results in detachment of the tether from the thin
filament (and possibly the thick filament), relaxation of catch
force, and the loss of the tether-mediated resistance to stretch
(Figure 13(a)).

20. Similarities between Twitchin and Myosin
Binding Protein-C (MyBP-C)

We have previously noted that there are similarities in the
domain organization of twitchin around the D1 phospho-
rylation site with that of cardiac MyBP-C [64]. Although
MyBP-C has obviously been known to bind to myosin, there
is recent evidence that several regions near the N-terminus of
cardiac MyBP-C bind to filamentous actin [106]. One of the
actin binding regions includes the cardiac specific regulatory
region between domains C1 and C2, and phosphorylation of
MyBP-C at the cardiac specific sites reduces the interaction
with actin [106]. This same region includes a DFRXXL-
like actin binding motif (DLRGML) that is similar to that
present in twitchin. When unphosphorylated, this regulatory
region of cardiac MyBP-C binds to the myosin S2 region
[107], but not when phosphorylated [108]. The similarities
in actin and myosin binding properties of the DXD1 region
of twitchin and the N-terminal portion of MyBP-C as well
as their phosphorylation dependence suggest that they may
share similar functions. The idea that MyBP-C may be a
phosphorylation-dependent tether between thick and thin
filaments may seem unusual, given that cardiac muscle
goes through rapid and frequent contraction and relaxation
cycles. However, if the tethering of the thick and thin
filaments via MyBP-C is prevented by myosin crossbridge
interaction with the thin filament as suggested for twitchin,
then the main effect of such a MyBP-C tether may be to

act as a regulated viscous element during relaxation when
crossbridge interaction with actin wanes. For example, the
rate of relaxation of force seems to be modulated by the
phosphorylation of twitchin in Aplysia [62], and the same
may be the case for MyBP-C in the heart. Of course,
the multiple thick and thin filament tethers present in
twitchin from catch muscle would be expected to give a
much tighter connection between the contractile filaments
and provide a much more prolonged force maintenance
following inactivation of catch muscle than would a MyBP-C
tether in cardiac muscle.

21. Summary

(1) Catch is a mechanical state occurring in certain
invertebrate smooth muscles initiated by choliner-
gic nerve stimulation, and characterized by high-
force maintenance and resistance to stretch during
extremely slow relaxation. Catch occurs following
a transient increase in intracellular calcium and its
return to near-basal concentrations. During catch,
crossbridge cycling rate is extremely slow as is the rate
of ATP utilization.

(2) The release of catch, or rapid relaxation, occurs in
vivo upon stimulation of serotonergic nerves, which
cause an increase in cAMP and activation of protein
kinase A. The primary target of protein kinase A
activation is the phosphorylation of the minititin,
twitchin. Subsequent activation of the muscle causes
an increase in the activity of a calcium-dependent
phosphatase, presumably calcineurin, which dephos-
phorylates twitchin and allows catch force main-
tenance when intracellular calcium decreases. The
simultaneous stimulation of cholinergic and seroton-
ergic nerves results in a phasic contraction.

(3) Twitchin from Mytilus ABRM is a ∼526 kDa protein
that is associated with the A band of nematode
striated and molluscan smooth muscles, specifically
with the thick filament. It bears similarity to mini-
titins from other invertebrates with variations in the
number of specific domains.
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Relaxed state, myosin detached,
twitchin detatched

(a)

Prepower stroke state, myosin attached,
twitchin detatched

(b)

High force state, myosin attached,
twitchin detatched

(c)

Catch state, myosin attached,
twitchin detatched

(d)

Figure 13: A model showing twitchin interaction with thick and thin filaments during the myosin crossbridge cycle. (a) The relaxed state.
The myosin crossbridge is in the low-force state and detached from the thin filament. The regulatory sites in twitchin are phosphorylated,
and twitchin is detached from the thin filament. (b) The prepower stroke state. The myosin crossbridge has been activated by an increase in
[Ca+2] and the crossbridge binds to the thin filament. Twitchin has been displaced from the thin filament as a result of crossbridge binding
to the thin filament. Twitchin is also dephosphorylated by activation of the phosphatase calcineurin. (c) The high-force state. Myosin has
gone through the power stroke resulting in force generation. Twitchin is detached from the thin filament by myosin interaction with the thin
filament. (d) The catch state. Myosin is in the low-force state and detached from the thin filament. Unphosphorylated twitchin is attached
to both the thick and thin filaments. Phosphorylation of twitchin would result in detachment of twitchin from the thin filament and lead to
the relaxed state (a). The myosin-twitchin-thin filament interactions described apply independently to both the N- and C-terminal regions
of twitchin as shown in the “belt and suspenders” cartoon in Figure 12.

(4) Protein kinase A phosphorylates twitchin to the
extent of 3 mole phosphate per mole of twitchin.
The sites of phosphorylation, D1 and DX, near the
N-terminus, and D2, near the C-terminus have been
identified.

(5) Catch occurs in submaximally activated permeabi-
lized ABRM, but not in muscles that are maximally
activated with high calcium. On phosphorylation of
twitchin, force declines at all submaximal calcium
concentrations, with no associated change in ATPase
activity. Therefore, catch force maintenance can
occur together with cycling myosin crossbridges at
submaximal calcium concentrations. Additionally,
the catch link can adjust during shortening of sub-
maximally activated muscles and maintain force at
the new shorter muscle length.

(6) The twitchin molecule is the catch link that tethers
thick and thin filaments. Twitchin binds to both
thick and thin filaments, but binding to the latter

is phosphorylation dependent. Both the N- and C-
terminal portions of twitchin contain phosphory-
lation sites that regulate catch, and both of these
regions have properties consistent with twitchin
being an independent tether between thick and thin
filaments.

(7) A model for the mechanism of regulation of catch via
a twitchin tether is based on both (a) the phospho-
rylation state of twitchin and (b) the attachment of
myosin crossbridges to actin. When the catch muscle
is stimulated, the increase in intracellular calcium
is sufficient to maximally activate crossbridges and
twitchin is dephosphorylated; the binding of myosin
crossbridges to actin displaces twitchin from the
thin filament and myosin cyclically interacts with
actin with force development and shortening. As the
intracellular calcium concentration wanes and catch
ensues, the myosin crossbridges detach from actin
and the trimeric complex between myosin, twitchin,
and actin tethers the thick and thin filaments. The
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muscle relaxes from catch when twitchin is phospho-
rylated, and the twitchin tether detaches from the
thin filament.

(8) The catch state of invertebrate smooth muscle bears
many similarities to the tonic force-maintaining state
of vertebrate smooth muscles, but represents the
extreme condition in terms of economy, largely
through the use of an accessory protein (twitchin)
to maintain force for extended periods of time.
The operation of a similar mechanism in vertebrate
smooth muscle remains to be determined, and the
challenge for the future will be to identify the
counterpart of twitchin and its regulation.
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Titin is an extremely large protein found in highest concentrations in heart and skeletal muscle. The single mammalian gene is
expressed in multiple isoforms as a result of alternative splicing. Although titin isoform expression is controlled developmentally
and in a tissue specific manner, the vast number of potential splicing pathways far exceeds those described in any other alternatively
spliced gene. Over 1 million human splice pathways for a single individual can be potentially derived from the PEVK region alone.
A new splicing pattern for the human cardiac N2BA isoform type has been found in which the PEVK region includes only the N2B
type exons. The alterations in splicing and titin isoform expression in human heart disease provide impetus for future detailed
study of the splicing mechanisms for this giant protein.

1. Introduction

Titin is the third most abundant protein (after myosin
and actin) in vertebrate striated muscle, with an average
adult human containing ∼ 0.5 kg [1]. This extremely large
protein [2], which is also known as connectin [3], spans
each half sarcomere from the Z-line to the M-line or center
of the sarcomere [4, 5] (Figure 1). The C-terminal A-band
segment of titin is attached to the thick filament via multiple
binding sites for myosin and C-protein [6] and two C-
terminal titin regions from adjacent half-sarcomeres overlap
in the M-line region of the sarcomere [7]. Similarly titin’s
N-terminal segment is anchored in the Z-disk and overlaps
another titin N-terminus from the adjacent sarcomere [8].
Titin thus constitutes a continuous filament system along
the myofibril. Titin is believed to function as a template
in sarcomere assembly and for maintenance of sarcomere
integrity [9, 10] (Figure 1). These concepts have been
confirmed by recent work showing that titin loss in long-
term disuse of skeletal muscle results in the disorganization
of the ordered sarcomeric structure [11, 12]. Each end of
the thick filament is linked to the nearest Z-disk by titin.
This provides axial continuity for the production of resting
tension and maintains the thick filament in the center of
sarcomere during generation of active force [13]. Titin’s
several extensible elements establish titin as a critical, multi-
functional sarcomeric component. These extensible elements

are composed of (1) Tandem Ig segments (consisting of
serially linked immunoglobulin-like domains), (2) the PEVK
region (so called for its high content of proline (P), glutamate
(E), valine (V), and lysine (K) residues), and (3) the cardiac-
specific N2B unique sequence (N2B-Us) (Figure 1). In slack
sarcomeres the tandem Ig and PEVK segments are collapsed.
Upon initial stretch, the collapsed tandem Ig segments are
straightened while their individual Ig domains remained
folded. With further stretch the PEVK region extends [14,
15]. Modeling tandem Ig and PEVK segments as entropic
springs with different bending rigidities indicated that in
the physiological SL range (a) the Ig-like domains of the
tandem Ig segments remain folded and (b) the PEVK
segment behaves as a permanently unfolded polypeptide
[16–19]. The cardiac-specific N2B unique sequence (N2B-
Us) forms a third spring element in cardiac titin and provides
extensibility at the upper range of physiological sarcomere
lengths in the heart [17, 20–23].

The original description of titin isoforms suggested that
the N2B unique sequence occurred in cardiac muscle and a
different unique region called N2A was found only in skeletal
muscles. Names of the full isoforms in these tissues were then
N2B and N2A, respectively [5]. It was later found that the
myocardium expresses two major classes of titin isoforms:
a smaller N2B and a larger N2BA that contained both the
N2B and N2A unique sequences [24, 25] (Figure 2). All these
known titin isoforms contain PEVK and tandem Ig segments
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Figure 1: Titin location and arrangement in the cardiac sarcomere.

[5, 25, 26]. The N2B isoform has fewer Ig domains and a
short PEVK region; the N2A class of isoforms contains more
Ig domains and a somewhat longer PEVK region. Nearly all
Z-disk and A-band/M-band titin domains are constitutively
expressed in titin isoforms of human cardiac muscle. The
main titin differential splicing occurs in the middle Ig and
PEVK domains of the I-band-titin segment [24, 27].

The current review will discuss the isoforms of titin and
the alternative splicing patterns that lead to the different
forms. A number of excellent reviews should be consulted
for further details on the structure and function of titin
[6, 19, 28–33].

2. Electrophoresis Detection of Titin

Titin is the biggest protein in the human body, and there
are a number of size variants. The earliest reports indicated
that there were two electrophoretic bands: a larger T1 (which
was the full length version) and T2 (a proteolytic fragment
extending from the PEVK region through the carboxyl
terminal M line end) [2]. Because of titin’s extremely large
size, migration is minimal in typical SDS polyacrylamide
gels, and it has been difficult to develop a reliable and quanti-
tative gel procedure. An earlier study used 3.3–12% gradient
polyacrylamide gels to detect and quantify titin and nebulin
from short segments of single muscle fibers [34]. This system
separated titin T1 (intact titin, Mr ∼3300kDa) and T2
(breakdown product of titin, Mr∼2000kDa). Another group
employed 2% polyacrylamide slab gels strengthened with
agarose to resolve two T1 bands plus the T2 [35]. More
recently 2–9.5% acrylamide gradient gels have been used to
separate the large titin isoforms and fragments [25]. These
gels showed that the T1 mobility varied greatly between
muscle sources, reflecting the difference in molecular mass of
the 3.7-MDa soleus titin and the 2.97-MDa rat cardiac titin
isoform. The two major T1 bands were ascribed to the titin
isoforms N2B and N2BA in cardiac muscle.

However, the gels mentioned above are physically dif-
ficult to work with, are more complex to pour, and often
undergo distortion or tearing during fixing and staining. It is
also very difficult to transfer large proteins out of acrylamide
gels for Western blotting. More recently our group has
developed a different more reliable and reproducible system
called vertical SDS-agarose gel electrophoresis (VAGE) [36].
This method employs Sea Kem Gold agarose and allows
high-resolution separation of titin isoforms. In addition the
blot transfer efficiency was almost 100% [36]. This system
can also be easily adapted for the characterization of other
very large proteins from a variety of sources.

The SDS agarose system resolves at least four classes
of N2BA titin isoforms. Two rat embryonic/neonatal forms
(N2BA-N1; N2BA-N2) with apparent sizes of approximately
3710 and 3590kDa, respectively, are found during late
embryonic and immediately after birth [37]. These are
gradually replaced by two adult forms (N2BA-A1; N2BA-A2)
with sizes of 3390 and 3220. It has been postulated that these
shorter versions are due to deletion of large numbers of exons
from the exon 50 to 71 and 50 to 90 middle Ig regions (see
below) [37].

3. Titin Tissue and Species cDNA
Sequence Comparisons

Early cDNA sequencing of titin from human cardiac and
soleus indicated that both isoforms were derived from a
single gene and obtained by alternative splicing [5, 24]. The
single titin gene contained 363 exons [27]. The complete
cDNA and genomic sequence determination of human
cardiac titin have provided a template for later study of titin
splicing variants.

3.1. M Line Region. Kolmerer and coworkers [39] searched
for alternatively expressed exons in the M-line region of titin
and found that six exons (called Mex1 to 6) coded for the
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Figure 2: Domain arrangement of different titin isoforms. Arrows indicate the exons spliced, solid line connections denote consecutive
exons. Cross-hatch pattern in PEVK indicates variable patterns of skipped exons.

most carboxyl terminus of titin. Message for human cardiac
titin always included exon Mex5 while rabbit cardiac titin
message contained small amounts with the Mex5 missing
and mouse hearts had approximately equal proportions of
Mex5 (+) and Mex5 (−). Rabbit skeletal muscles contained
varying ratios of Mex5 (+) and Mex5 (−). The proportion
of Mex5 (+) containing message (and presumably the titin
segment it codes) appears to correlate with the M line fine
structure differences that occur between tissues [40–42],
developmental stage [43], and species [44].

3.2. Z-Disk Region. The Z-disk region of titin consists of
4 Ig-domains (Z1 to Z4) with large interdomain insertions
between Z2 and Z3 and between Z3 and Z4 [5, 45]. The latter
insertion contains a series of 45 amino acid residue repeats (Z
repeats). Alternative splicing results in the expression of 6 or

7 repeats in human and rabbit heart, 4 to 6 in slow skeletal
muscle, and 2 to 4 in fast skeletal muscle [46]. The number
of repeats correlates with the Z line thickness [45, 46].

3.3. I-Band Region. The I-band region of titin is believed to
be responsible for the myofibrillar passive tension response
to stretch. Surprisingly the splicing patterns of highly diverse
titins are exceptionally complex. N2B titin isoforms have the
most simple splice plans. Exon 50 (I27) is usually spliced to
exon 219. This splicing pattern has been verified in human,
rabbit, rat, and pig hearts [38]. PCR amplification with
primers from I27 to I84 of rabbit, pig, and rat ventricle is
consistent with an expected size of 760 bp (based on the
human sequence). Dog heart yielded two fragments (a major
615 bp and a minor 760 bp) and the amino acid sequence
deduced from the nucleotide sequences revealed that the dog
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ventricle short PEVK peptide contains a deletion of 53 amino
acid residues from the amino terminal end of the N2B PEVK
region (corresponding to exons 219 and 220). The absence of
exon 224 also occurs in some clones from human heart (see
Figure 3 and discussion below).

Variable numbers of titin exons between 50 and 219,
including the N2A unique region, are expressed in cardiac
and skeletal muscle. This splicing pattern gives rise to the
N2A protein isoforms in skeletal muscle and the N2BA
isoforms in cardiac muscle [24, 27]. N2BA isoforms (con-
taining both N2A and N2B unique elements) have multiple
splicing pathways in the I27 to I68 segment (Figure 2). Splice
pathways have been identified between I27 (exon 50) and
exons 51, 70, 71, 75, 77, 80, and 90 [24, 38]. The expression
of more middle Ig domains in fetal rat ventricle is consistent
with the larger size of fetal titin N2BA isoforms observed by
electrophoresis [37].

The N2B unique exon 49 is excluded in skeletal muscles
by splicing together I15 to I27, and only human soleus
muscle expresses consecutive exons between 50 and 102 (I27
to I79). Rabbit psoas muscle skips I30 to I47 (Figure 2).
Altogether, skeletal titin transcripts always include the N2A
segment and exclude the N2B exon; cardiac titins always
include the N2B exon [24].

The N2BA PEVK region has an exceptionally varied
pattern of splicing (Figure 3). Initial studies with dog
cardiac muscle resulted in six clones (A46 A-F) [38], all
from the same PCR amplification, having different exon
patterns and PEVK lengths (703, 788, 894, 900, 703, and
819 amino acids respectively). Subsequent work with the
human PEVK revealed that 10 different clones from a single
individual had 10 different patterns of splicing [26]. In
addition a completely new pattern of N2BA splicing has
been recently obtained in which exon 108, found only in
N2BA isoforms, was directly linked to the constitutively
expressed PEVK cluster in the 219 to 225 exon region
(Figure 3). This so-called “short PEVK N2BA” class of
isoforms has been observed in clones from both healthy
and diseased hearts. Such a pattern would result in titin
molecules with apparently less potential PEVK extension
during stretch and thus leads to a stiffer sarcomere. It is not
clear whether such message types are expressed into protein
and whether there are a significant proportion of such
messages transcribed to affect the passive tension. However, if
an increased proportion of these splicing products occurred
with aging, for example, it might partially explain the
increased cardiac stiffness that often occurs during the later
period of life.
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A mutant rat model has been recently described that
results in significant alterations in titin isoform expression
[26, 47]. Homozyogous mutants express a giant titin with
apparent size on SDS agarose gels of about 3.9 MDa. This is
larger than the size of titin from human soleus (3.7 MDa).
Since the soleus sequence includes all the middle Ig domains
and virtually all the Ig domains from the rest of the gene, it
was initially assumed that the mutant rat heart must then
express the full PEVK exon cohort plus the N2B unique
region. Sequences obtained from PCR clones bridging the
exon 108 to 225 region were not much larger than those from
wild type [47]. Comparisons of exon expression between
wild type and mutants showed some differences, primarily
in the exon region between 175 and 219 typically associated
with fetal exons (Figure 2) [26, 48]. Thus it appears that more
than one mechanism must be involved in titin splicing. The
lack of additional PEVK exons in the mutants exacerbates the
mass calculation. The inclusion of the N2B unique region
would add some mass, but the possible inclusion of exon 48
would add 243 kDa. This idea remains to be verified.

The number of potential PEVK splice variants is huge.
Among the ten clones from the normal human 2 in Figure 3
human clones listed, there are 20 exons that are not present in
all clones. If all these splicing events were independent, this
means that there are 220 combinations, a total of 1,048,576
possible pathways. This far exceeds the approximately 38,016
potential splice variants identified previously with the Dscam
(Down syndrome cell adhesion molecule) gene [49, 50]. If
all the clones in this table from 5 different individuals are

included, then there are 38 differential exons and the number
of potential clones exceeds 274 billion.

Microarrays have also been used to compare tissue
sources for exon expression [48, 51]. Fetal titins express more
middle Ig domains and additional PEVK exons. These results
are consistent with the cloning and sequencing results [37].
The identification of exon 156 as skeletal muscle specific [48]
is also consistent with the absence of this exon from every
human (Figure 4) and rat cardiac clone we have sequenced
[47]. Microarrays give more global information since all
messages from a sample are included. Their disadvantages
include the fact that almost no splicing information can be
obtained and the results include pooled data from all titins in
the sample, including the Novex isoforms. Additionally the
duplication of three segments of the titin gene in the region
of the PEVK [27] means that some microarray probes are
identical. The cloning approach yields actual splice patterns.
The major disadvantages include the fact that only possible
splice patterns are sampled and that identified clones may not
adequately represent, either quantitatively or qualitatively,
the actual tissue patterns. However, the cloning approach
has verified that titin splicing is highly diverse, and this
complicates interpretation of mechanical experiments.

4. The Ratio of Titin Isoforms and Heart Disease

Titin isoform splicing not only generates diversity of titin
isoforms in skeletal muscle [52], but also results in changes of
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the ratio of titin isoforms (N2BA/N2B) during heart devel-
opment. Before birth, mammalian heart mainly expresses
more compliant N2BA isoforms. During perinatal heart
development the larger N2BA isoform is gradually replaced
by a smaller isoform N2B, and the N2B isoform becomes
the predominant titin isoform in the adult left ventricles
(LV) of smaller mammalian species [37, 53, 54]. The N2BA
titin isoform prevails over N2B in the adult hearts of larger
mammals, including humans [25, 55]. Recent studies have
shown that the ratio of titin isoforms is altered in some heart
diseases. A canine tachycardia-induced model of dilated car-
diomyopathy (DCM) used to understand titin response to a
chronic mechanical challenge of the heart indicated that two
weeks of pacing gives rise to an exaggerated transmural titin
isoform ratio gradient [56] and four weeks of pacing results
in a decrease of the N2BA/N2B titin ratio, accompanied
by an increase in titin-based passive tension [57]. Another
study of spontaneously hypertensive rat model (SHR) also
showed a reduced ratio of N2BA/N2B titin in response to
pressure overload, consistent with elevated passive tension
of heart [58]. More recent analyses showed that the left
ventricle biopsies from patients with diastolic heart failure
(HF) had a reduced N2BA/N2B titin [59]. Chronically
ischemic LVs of coronary-artery-disease (CAD) patients
with congestive heart failure (HF) had nearly 50% N2BA
titin (compared to N2BA+N2B) while approximate 30%
N2BA was found in the LVs of control donor patients [60].
Analysis of explanted nonischaemic human DCM hearts
again demonstrated increased proportions of N2BA/N2B
[61, 62]. These results are similar to the recently described
rat model with lower ejection fraction (unpublished data)
which expresses the N2BA isoform almost exclusively [26,
47]. Long-term hypothyroidism (which results in diastolic
dysfunction) changed the titin isoform ratios as well. Propy-
lthiouracil (PTU) treatment in rats induced the expression of
additional cardiac PEVK and I domain exons similar to those
in the large titin isoform of the fetal heart. Consequently,
titin-based passive and restoring forces were found to be
significantly reduced in cardiac muscle of PTU-treated rats
[63, 64]. The mechanisms controlling titin splicing remain
unknown, but the ability to manipulate the splicing of this
protein has great potential for affecting human health.
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The giant protein titin is thought to play major roles in the assembly and function of muscle sarcomeres. Structural details, such
as widths of Z- and M-lines and periodicities in the thick filaments, correlate with the substructure in the respective regions of the
titin molecule. Sarcomere rest length, its operating range of lengths, and passive elastic properties are also directly controlled by
the properties of titin. Here we review some recent titin data and discuss its implications for sarcomere architecture and elasticity.

1. Introduction

The complex but extremely ordered structure of the sarcom-
ere is the elemental force-producing machinery of striated
muscles. Recent studies of sarcomere assembly [1, 2], protein
turnover [1, 3], and signalling cascades [4, 5] provide new
insights into the spectrum of intermolecular interactions
that support sarcomere structure and function. There is
increasing evidence that many of sarcomere properties
involve the giant protein titin [2, 6–10].

The titin molecule is more than one micrometer long
and in situ spans half the sarcomere, with the N-terminus
in the Z-line and the C-terminus in the M-line (Figure 1(a))
[11–13]. Different isoforms (MW ∼ 3.0–3.7 MDa [14]) vary
in the size and structure of the elastic I-band part of the
molecule, which connects the end of the thick filament to
the Z-line, as well as in the Z- and M-line regions. The size
and structure of the thick filament part of titin is conserved,
which is consistent with the conserved structure of thick
filaments in vertebrates. Sequence shows that titin consists
mainly of about 300 domains similar to immunoglobulins
(Ig, I-set) and fibronectins (Fn, type-3). The elastic I-band
part consists mainly of Ig domains arranged in tandem. Near
the N2-line in the I-band, this arrangement is interrupted
by unique sequences that bridge the “proximal” and “distal”
(to the Z-line) tandem-Ig segments. In contrast, the thick
filament part of titin is formed by both Ig and Fn3 domains.

Purified titin molecules visualized by metal shadowing
appear in electron micrographs as strings about one microm-
eter in length and four nanometers in diameter [15–18]. In
negatively stained samples, a distinct “beads-on-the-string”
appearance can be seen [15], showing the chain of Ig and
Fn3-like domains [19, 20].

2. Titin Structure—Conformational Periodicity
in the Thick Filament Region

Sequence shows that the titin Ig and Fn3 domains are
arranged in long-range patterns or super-repeats. Two types
of super-repeats are found in the constitutively expressed
thick filament region [19–21]: seven consecutive copies of the
seven-domain or small superrepeat occupy the N-terminal
part of this region; these are followed by eleven copies of
the eleven-domain large superrepeat. In the I-band region,
only the differentially expressed Ig-segments have super-
repeats: in human soleus isoform, the N-terminal three
copies of a six-domain superrepeat are followed by three
copies of a ten-domain superrepeat [22, 23]. In both A- and
I-band regions, the super-repeats show increased sequence
conservation between domains at comparable positions in
the super-repeats.

The two super-repeats of Ig and Fn3 domains in A-band
titin (Figure 1(b)) closely reflect the underlying periodic
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Figure 1: Schematic representation of titin layout in the sarcomere (a) and of the domain periodicity in the thick filament bound part (b).
Striated zones in the sarcomere and the titin molecule (a) show the location of the large superrepeat.

structure of the thick filament. The size of the large
superrepeat (∼45 nm) is same as the myosin and C-protein
periodicities of the filament, while the number of the large
super-repeats (eleven) is the same as the number of binding
sites for C-protein and related molecules. A single Ig domain
in each large superrepeat binds C-protein and this defines the
∼43 nm interval of C-protein localization in the C-zone [24].
Interactions between titin and myosin are probably grouped
in three clusters of Fn3 domains, defining a period of∼15 nm
in titin-myosin interactions [19].

Atomic structures of recombinant titin fragments, sup-
ported by homology modelling [25, 26], indicate that the Ig
and Fn3 domains are unlikely to be similarly oriented along a
titin molecule but bend and twist relative to each other. The
likelihood of periodic interactions with other thick filament
proteins requires titin domains spaced by 43 nm to be in
the same orientation. This indicates that in the A-band the
orientation of Ig and Fn3 domains in the super-repeats is
periodically repeated.

There are only two main possibilities for such peri-
odic architecture: either planar and zigzag-like or three-
dimensional and helical. Homology modelling [26, 27]
and crystallography studies [28, 29] show that small, two-
or three-domain recombinant fragments have rather flat
conformations, in which the long axes of the molecules

bend in a single plane. However, longer segments may well
have a tendency to bend three-dimensionally, as suggested
by modelling of the periodic differentially expressed I-band
Ig-segment [30]. The latter shape is supported by electron
microscopy of purified titin also suggesting helicity [31]. A
tendency of the relaxed titin molecule to adopt a helical
conformation is likely to be controlled by a preferred inter-
domain orientation [25, 30, 32] and may reflect a long-
distance directional regularity in the bending and twisting
angles. The existing atomic structures of titin fragments
appear to be consistent with this possibility [30], although
the number of these is still too small to discern a long-
distance pattern.

Another important question concerning titin interac-
tions with other thick filament proteins is the significance
of the fact that super-repeats in the A-band titin, although
very similar, are not identical. Average sequence identity,
even for domains at comparable positions, is below 40%
[27], and only about 60% of their surface is conserved [33].
It is unclear at present how these small differences affect
periodic interactions of titin with C-protein and myosin,
both of which provide identical sites for interaction with
super-repeats. It may be noted, however, that if there are
dissimilar titin-myosin and titin-C-protein interactions in
different super-repeats, this would agree with predictions
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of nonequivalency of the ∼43 nm repeats in thick filament
structure suggested by X-ray diffraction studies of muscle
[34].

3. Titin Flexibility—Persistence Length of
the Elastic I-Band Region

Providing elasticity to sarcomeres is one of the major
functions of titin [35–39]. This role derives from the ability
of titin to increase the length under applied force and then
to shorten to the original length when the force is removed.
The mechanism of extensibility is known to be multiphase:
overall shape changes that occur under small applied forces
are followed at higher forces by hierarchical unfolding of the
polypeptide [40–43]. While the physiological relevance of
relatively large sarcomere lengths that lead to titin unfolding
can be disputed, there is no doubt that conformational
changes must occur in the molecule during both passive
extension and active contraction of muscle. However, the
exact pattern of these changes remains unknown. It is
generally thought that they are entropic in nature and
occur according to rod-coil transitions seen in individual
titin molecules in vitro (e.g., [31]). However, the likely
bundled state of titin molecules in the sarcomere is not
usually taken into account [44–48]. In the following, we
present some estimates related to titin flexibility in vitro and
in situ.

Electron and atomic force microscopy (AFM) of purified
titin molecules illustrate a tendency to coil up in the absence
of applied extensional force (Figure 2(a)) [15, 16, 31, 49] or
to straighten when a small pulling force is applied [17, 18,
31, 38, 50]. The persistence length (Lp) of monomeric titin is
estimated to be 9–19 nm [31, 49, 51, 52]. A somewhat smaller
range of values, 2–10 nm, was suggested by AFM and optical
tweezer mechanical experiments on single molecules [43, 53–
55], and a tendency of the protein to unfolding was discussed
[53, 55].

The estimates of Lp are likely to mainly reflect average
flexibility of the Ig/Fn3 parts of the molecule, since the
unique sequences and other structures are a small proportion
of the molecule. In a multidomain protein, overall bending
flexibility mainly derives from the mobility at the inter-
domain interfaces. Taking average interdomain distance s to
be about 4.0 nm [27] and the average persistence length Lp
to be about 13.5 nm, the average inter-domain angle can
be approximately estimated from the relationship 〈θ2(s)〉 =
2s/Lp [56], from which a 〈θ〉 value of ∼44◦ can be obtained.
This value (i.e., 180◦− 44◦ = 136◦) is close to the average
inter-domain angle in the NMR and crystal structures of titin
fragments, ∼140◦ [25, 26, 28–30, 32, 57, 58]. This suggests
that the inter-domain angles and shapes of titin constructs
reflect the equilibrium-relaxed conformation of the native
titin molecule. In this conformation, the inter-domain angles
and twists are likely to be different from those in situ, at least
in the case of A-band titin, which is extended and stressed
by the interactions with myosin and C-protein in the thick
filament backbone.

(a)

(b)

Figure 2: Electron micrographs of negatively stained titin, illus-
trating domain substructure and flexibility (a), and the effect of
bundling on the apparent stiffness of the molecule (b). (a) Note
that each of the flexibility “waves” seen in the titin contour contains
about 4 domains. This number is comparable with the number
of domains (3-4) expected for segments of about the persistence
length of the protein. (b) This micrograph shows partially dissolved
titin “end-filament”. The “wavy” contours of the molecules in the
unbundled region contrast with their relatively straight shapes in
the bundled part. Magnification: bar (a) 20 nm; (b) 50 nm.

Only slightly higher Lp values (15–40 nm) were esti-
mated for individual titin molecules from mechanical exper-
iments on muscle fibres [41] and myofibrils [59]. The
difference between the in vitro and in situ results is smaller
than might be expected since, in the sarcomere, the extensible
I-band parts of titin are known to be bundled [44–48].
Inspection of the bundled and unbundled parts of I-band
titin seen in electron microscope images (Figure 2(b)) clearly
illustrates different bending properties. As was estimated
earlier for an analogous case [60], the persistence length of a
bundle scales with the square of the number of subfilaments
in the bundle, that is, Lp ∼N2. In the case of titin, this means
that a bundle of six molecules will make Lp at least 500 nm,
that is, 36 times larger than Lp for a single molecule, taken as
13.5 nm. Even for smaller bundles, composed of only two-
three molecules, the expected Lp value is in the region of
∼55–120 nm.

The two Lp values, 55–120 nm and 500 nm, reflect the
expected stiffness of the two Ig-tandem segments of I-band
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titin that are separated by the unique N2-PEVK region: the
proximal N-terminal segment, attached to the Z-line, and
the bundled distal C-terminal segment, attached to the tip
of the thick filament, known as the end-filament [44–48].
The fact that the Lp values from mechanical experiments
on muscle fibres and myofibrils closely correspond to the
in vitro Lp value of the monomeric molecule is unlikely to
correctly reflect titin’s state and flexibility in situ. Alterna-
tively, this may indicate dissociation of end-filaments during
experiments, possibly due to their fragility, or may reflect
the specificity of conformational changes in situ, related,
for instance, to helicity (see above) and/or the confined
environment in the sarcomere.

4. Adaptation of Titin Organization in
the Sarcomere to the Symmetry Mismatch
between Z- and M-Lines

How the arrangement of titin in the sarcomere accommo-
dates the different symmetries of thick and thin filament
lattices, and of the M- and Z-line regions, is a major
unresolved problem in sarcomere structure. The number of
six molecules bound to each half of thick filament [39, 47]
correlates well with the threefold rotational symmetry of
the filament [61], its three-stranded substructure [44, 62,
63], and with the hexagonal lattice of the M-line region
[61, 64]. However, titin extension through the I-band, and
especially its interaction with thin filaments near and within
Z-line region, suggests a rearrangement to fit to the twofold
rotational symmetry of thin filaments and the tetragonal
lattice of the Z-line. The question is thus how titin molecules
rearrange in the I-band.

One of the factors that may affect this rearrangement is
self-association (see also above). Titin self-association in the
I-band is suggested by electron microscope studies of muscle
and separate thick filaments, which show the ∼100 nm
stalk-like structures called end-filaments, referred to above,
projecting from the ends of thick filaments [44–46]. It is also
supported by in vitro observations of self-association of the
titin segment from this region [48]. This includes the entire
distal (with respect to the Z-line) tandem-Ig segment of I-
band titin, from the thick filament tip up to the PEVK-N2
region. At this point the bundle is likely to branch, although
not necessarily into single molecules.

The relatively high negative charge on the PEVK (N2B)
region(s) of titin would favour branching of the end-
filaments, unless the charge is neutralised by interactions
either with cations (e.g., Ca++ ions [65, 66]) or with other
cytoplasmic components. It should also be noted that the
N2-PEVK-region is the site where thin filaments appear to
rearrange from hexagonal to tetragonal packing, which then
becomes especially ordered near and within the Z-line [67].
However, structural studies have so far failed to provide an
unambiguous answer for the number of the branched subfil-
aments. Three alternatives end-filament branching schemes
are possible: (1) into two subfilaments, each containing three
titin molecules; (2) into three subfilaments with two titin

molecules in each; and (3) into six subfilaments, each a
single titin molecule. In the first case, such a division would
give 1 : 1 ratio of titin to thin filaments, which would imply
interaction of each thin filament with a single bundle of
three titin molecules near and within the Z-line region. This
would satisfy tetragonal Z-line symmetry; however, there
would be no agreement with the twofold symmetry of thin
filament. Splitting the end-filament into a larger number
of subfilaments would not satisfy either the Z-line or thin
filament symmetries.

Thus, some asymmetry has to be assumed to exist in
the titin arrangement and interactions in either the I-band
or within the Z-line. A possible arrangement of titin in
the Z-line has been discussed [47]. This scheme suggests
splitting of end-filament into six individual titin molecules
with only four of these molecules interacting side-by-side
with two thin filaments of the same sarcomere and extending
throughout the Z-line. The remaining two titins would
attach to the tips of two incoming thin filaments of the
adjacent sarcomere. This arrangement gives a 2 : 1 ratio
of side-by-side interactions between titin molecules and
thin filaments and is in agreement with both thin filament
and Z-line symmetries. It would also provide the required
mechanical balance in Z-line region and appears to be in a
good agreement with structural data [68].

Another possibility relates to involvement of small titin
isoforms, for example, Novex-3, which are present in skeletal
and cardiac muscles in varying amounts in parallel with the
main full-length isoforms, but which span only half the I-
band, between the Z-line and N2-line [14, 69]. This location
potentially helps to resolve the problem of correlation of the
number of titin molecules with the thin filaments and Z-line
symmetries. However, the low amount of Novex-3 expressed
by muscles [14] is apparently not compatible with this role of
the protein. Also, involvement of additional isoforms would
not eliminate the asymmetry in titin interactions in the I-
band but will only shift the site of asymmetry from the Z-
line to the N2-line region of sarcomere where the different
titin isoforms meet.

5. Concluding Remarks

Although an enormous amount has been learnt about
the properties of the titin molecule, both in vitro and in
situ, integrating this information to give a comprehensive
picture is not straightforward. This is mainly because in
no part of the sarcomere—A- or I-band, Z- or M-line—
is the disposition of the components known in molecular
detail. Much therefore remains to be learnt about sarcomere
structure and titin layout and function, and how these are
compromised in disease.
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Titin is a giant filamentous protein traversing the half sarcomere of striated muscle with putative functions as diverse as providing
structural template, generating elastic response, and sensing and relaying mechanical information. The Z-disk region of titin,
which corresponds to the N-terminal end of the molecule, has been thought to be a hot spot for mechanosensing while also
serving as anchorage for its sarcomeric attachment. Understanding the mechanics of titin’s Z-disk region, particularly under the
effect of binding proteins, is of great interest. Here we briefly review recent findings on the structure, molecular associations, and
mechanics of titin’s Z-disk region. In addition, we report experimental results on the dynamic strength of titin’s Z1Z2 domains
measured by nanomechanical manipulation of the chemical dimer of a recombinant protein fragment.

1. Introduction

The giant muscle protein titin (also known as connectin) is
the third most abundant protein in muscle after actin and
myosin, and forms a third myofilament system in skeletal as
well as in cardiac muscle [1–3]. Individual titin molecules
span half of the sarcomere and run between the Z-disk
and the M-line. The main function of titin is to provide a
passive mechanical tension in muscle, generating the force
responsible for restoring the resting length of the sarcomere
[4–7]. In fulfilling its role as a molecular spring it is of great
importance that the N- and C-termini of the molecule be
firmly anchored in the Z-disk and the M-line, respectively.

1.1. Titin in the Z-Disk. Immunoelectron microscopic stud-
ies revealed that an approximately 800-residue-long segment
at titin’s N-terminus is localized within the Z-disk [8]. This
region of titin includes the first four immunoglobulin-type
domains (Z1 to Z4) and a series of 45-residue repeats,
called Z-repeats [9], situated between Z2 and Z3 [10].
While domains Z1 to Z4 are present in all titin isoforms,
the number of Z-repeats (up to 7) varies due to extensive
differential splicing (Figure 1(a)).

Titin interacts with α-actinin via the Z-repeats [11].
The binding more readily detected is found between 7th Z-
repeat (Zr7) and the C-lobe of the C-terminal calmodulin-
like domain of α-actinin. This interaction is similar to that of
troponin I to troponin C and of peptide C20W to calmodulin
[12]. However, it has been shown that the central Z-repeats
are also able to interact with the C-terminal domain of
α-actinin, and another interaction may occur via a single
binding site between titin and the two central spectrin-like
repeats of the outermost pair of alpha-actinin molecules
[13]. These interactions also enable titin, α-actinin and actin
to form a ternary complex and contribute to the formation
of a stable network structure within the Z-disk.

The thickness and structural properties of Z-disks are
largely variable, which was proposed to serve the adaptation
of the Z-disk structure to the level of mechanical strain
[14]. The observation that the number of Z-repeats in titin
varies between species and between muscle types led to the
hypothesis that it is the differential expression of titin that
accounts for the different thickness and protein composition
of Z-disks [9]. However, a direct correlation between the
characteristics of Z-disks and the expression of different titin
isoforms has not been established.
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Figure 1: (a) Schematic diagram of the structure of the Z-disk region of titin. (b) Structural model of the Z1Z2-telethonin complex.

1.2. Mechanosensing in the Z-Disk. The Z-disk acts as a link
that mechanically integrates contractile and elastic elements,
hence it plays a key role in the transmission of active and
passive forces. In the last decade, however, new functions of
the Z-disk emerged beyond the simple role of a mechanical
force transmitter [15, 16]. As new proteins of the Z-disk
were discovered, it became obvious that many of these
new components take part in important signaling pathways,
many of them having a possible role in stretch sensing.

Stretch is a major factor that is able to induce changes in
the morphology and function of muscle. The steps between
the onset of mechanical stress and the development of mor-
phological and functional changes include the propagation
of the mechanical force to a stress sensor, sensation of stretch,
and conversion of the mechanical signal to a biochemical
one, finally resulting in alterations of gene expression. This
process involves a multitude of molecular players [17].

Titin has been one of the major candidates for the role of
the stretch sensor in muscle. Since titin molecules extend in
concert with the sarcomere itself, they are well positioned for
monitoring the sarcomere’s contractile status and possibly
transmitting the corresponding mechanical signals. Trans-
duction of the mechanical signal most likely occurs through
the interaction of titin with its associated proteins. Different
regions (“hot spots”) along titin molecules (Z-disk, I-band,

A-band and M-line titin) all participate in a relatively large
number of interactions with more than 20 partners known
so far [17]. It has been proposed that different regions may
sense different parameters: protein complexes in the Z-disk
may act as stress sensors that detect and respond to both
passive force generated by the titin filaments and active force
generated during contraction via the thin filaments, whereas
the extensible, I-band region of titin can function as a strain
sensor, responding to passive tension alone [18].

1.3. Telethonin Interaction with Z-Disk Titin. One of the
most important interactions responsible for anchoring titin
in the Z-disk is binding of the titin N-terminus to the Z-
disk protein telethonin. Telethonin was identified as a 19 kDa
muscle protein present in heart and skeletal muscle. Its tran-
script is amongst the most abundant in skeletal muscle [19].
Independently, it was discovered as an interacting partner
of the titin N-terminus, an interaction that is required for
the structural integrity of sarcomere, and the protein was
named titin-cap or T-cap [20]. Since its discovery it has been
revealed that mutations in the telethonin gene cause limb-
girdle muscular dystrophy type 2G, a relatively mild form
of autosomal recessive limb-girdle muscular dystrophies
[21]. Telethonin has been suggested to be involved in stress
sensing, through its interaction with muscle LIM protein
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(MLP) [22]. MLP deficient mice have been shown to develop
widened and disorganized Z-disks, while the W4R MLP
mutation has been shown to lead to a loss of interaction
with telethonin, telethonin mislocalization [22], and has
been associated with hypertrophic cardiomyopathy (HCM)
[23, 24].

Telethonin interacts with the two N-terminal immuno-
globulin-like domains of titin (Z1 and Z2), and it colocalizes
with the N-terminal part of titin in cultured human skeletal
muscle cells [25]. Interestingly, longer titin constructs,
including the serine-proline-rich linker region, and the Z3
domain, failed to bind telethonin in yeast two-hybrid assays.

In recent years, the structure of the Z1Z2 doublet
and its interaction with telethonin have been subject of
numerous investigations. Conformational dynamics studies
showed that Z1Z2 preferentially adopts a semiextended
conformation with restricted dynamics and a moderately
rigid linker that might facilitate the recruitment of its binding
partner, telethonin [26]. The term “tertiary structure elas-
ticity” has been introduced for Z1Z2, referring to elasticity
resulting from bending and twisting of the domains at
intermediate forces, in addition to the entropic elasticity that
dominates at low forces and secondary-structure elasticity
(unravelling of the domains) that dominates at high forces
[27]. X-ray scattering studies on the solution structure of
the Z1Z2-telethonin complex indicated a 1 : 2 association
in an antiparallel manner, with telethonin as the central
linker [28]. Hence, telethonin was not a simple cap, but
rather a possible cross-linker between two titin filaments.
The major breakthrough in deciphering the interaction and
the building of the complex was solving the structure of
the complex by X-ray crystallography (Figure 1(b)) and
confirming the antiparallel, palindromic arrangement of
the two titin filaments [29]. It is interesting to note that
telethonin alone has no stable structure in solution, and it
acquires its conformation only upon binding to the Z1Z2
domains.

The cross-linking role of telethonin and the possible
mechanical function of the complex raised the question
of its mechanical stability. Molecular dynamics simulations
performed by Lee et al. predicted an unusually large unfold-
ing force for the complex, in contrast with the relatively
low mechanical stability predicted for Z1Z2 alone [30].
The actual strength of the Z1Z2-telethonin bond has been
recently measured by stretching the complex using an atomic
force microscope (AFM) [31]. The observed dissociation
forces were indeed unusually high (∼700 pN), far exceeding
unfolding forces observed for the Z1Z2 domains alone
(∼168 pN) or previously measured unfolding forces of other
titin Ig-like domains [32]. In addition, Bertz et al., by
using protein engineering techniques, demonstrated that
the mechanical stability of the complex is sensitive to the
pulling direction [30]. Although the forces necessary to
unfold Z1Z2 and to disrupt its complex with telethonin have
been measured, the stability of Z1Z2 under varying loading
rates is not known. Here we explored the dynamic strength
of Z1Z2 by exposing the chemical dimer of a recombinant
Z1Z2 fragment to a range of mechanical loading rates in
nanomechanical experiments.

2. Materials and Methods

2.1. Cloning, Expression and Protein Purification. The human
skeletal muscle cDNA library was a generous gift of Siegfried
Labeit [33]. The nucleotide sequence corresponding to the
Z1Z2 titin domain pair was amplified by polymerase chain
reaction (PCR). Nucleotide sequence boundaries of the Z1Z2
fragment, based on GenBank accession no. X90568 (version
X90568.1, [33]) were 133–717 (aa: 1–195). The fragment
was cloned into a pET28a vector (Novagen, Darmstadt,
Germany), that carried a kanamycin resistance gene, between
NheI and XhoI sites introduced independently with PCR
by using specific oligonucleotides. The recombinant protein
contained a hexahistidine (His6) tag on the N-terminus
and two vicinal cysteines on the C-terminus, added to
aid subsequent single-molecule manipulation. Escherichia
coli BL21(DE3) pLysS cells were transformed with the
pET28a-Z1Z2 construct and grown in 2 × YT Microbial
EZMix medium (Sigma-Aldrich) in the presence of 30 μg/mL
kanamycin until the OD600 of the culture reached 0.6–0.8.
Expression was induced by addition of 1 mM isopropylthio-
β-D-galactoside and performed for 3 hours at 37◦C.
Harvested cells were resuspended in lysis buffer (50 mM
NaH2PO4, 300 mM NaCl pH 8.0) supplemented with 0.01
mg/mL DNaseI, and were lysed by pulsed sonication (5
minutes, 80% intensity, Bandelin Sonopuls HD3100). Cell
debris was removed by centrifugation at 100, 000 × g
for one hour at 4◦C. The supernatant was applied to
Talon polyhistidine-Tag purification resin columns (Clon-
tech) equilibrated with lysis buffer. The bound protein was
eluted with increasing imidazole concentration series (from
10 mM to 240 mM in lysis buffer). The eluted protein was
dyalised against PBS-buffer (pH 7.2). Protein concentration
was determined spectrophotometrically, using the molar
extinction coefficient determined with the ProtParam tool.
The electrophoretogram of the purified Z1Z2 fragment is
shown on Figure 2(a).

2.2. Single-Molecule Force Spectroscopy. To facilitate the
specific binding of the N-terminal, His6-tagged end of the
protein to the substrate, in our single-molecule experiments
we used glass slides coated with Ni-NTA. Preparation of
the slides was described previously [34]. Briefly, cleaned
microscope slides were first incubated for 12 hours in
toluene vapor containing 2% Glymo (3-Glycidiloxypropyl-
trimethoxisylane) (Fluka), then washed with distilled water
and dried. Subsequently, the glymo-covered slides were
incubated in 0.01 M Na2CO3 (pH 10), containing 2%
(wt/vol) N-(5-amino 1-carboxypenthyl)-iminodiacetic acid
(NTA) (Dojindo) for 16 hours at 60◦C, then washed with
distillated water and dried. Finally, the slides were activated
with PBS buffer containing 10 mM NiCl2 and 5 mM glycine
(pH 8.0) for two hours at room temperature. Z1Z2 frag-
ments were kept in PBS buffer (137 mM NaCl, 2.7 mM KCl,
7.8 mM Na2HPO4, 2.2 mM KH2PO4, pH = 7.3). We created
an oxidative environment by omitting DDT from the buffer,
to facilitate the formation of Z1Z2 chemical dimers through
disulfide bonds between the C-terminal cysteine residues
(Figure 2(b)).
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Figure 2: (a) SDS-polyacrylamide electrophoretogram of the recombinant Z1Z2 fragment. (b) Nanomechanical manipulation of the Z1Z2
chemical dimer. The molecular design of the Z1Z2 chemical dimer is indicated. Two recombinant Z1Z2 modules, each with a His6-tag at
its N-terminus and a cysteine at its C-terminus, respectively, are dimerized via a disulphide bond under oxidizing conditions. The dimer
is manipulated by using single-molecule AFM. (c) Force versus end-to-end length curve of a Z1Z2 dimer. The first four sawtooth peaks
correspond to the unfolding of each of the four domains (two Z1 and two Z2), and the fifth peak corresponds to the final dissociation of
the complex from either the AFM tip or the substrate surface. (d) Distribution of contour-length gain during the sawtooth force transitions.
Average contour-length gain per transition was 29.1± 0.6 nm (±SEM).

Molecules were mechanically stretched by using an
atomic force microscope (AFM) dedicated for single-
molecule manipulation (MFP1D, Asylum Research, Santa
Barbara, CA), mounted on a custom-built, low-profile
inverted light microscope. The experimental layout is shown
in Figure 2(b). Z1Z2 dimers were allowed to bind to the sur-
face of Ni-NTA-coated glass slides for 10 minutes. Unbound
molecules were removed by washing the slide with PBS. The
AFM cantilever (Bio-lever, type B; Olympus, Tokyo, Japan)
was brought gently in contact with the Ni-NTA-coated
substrate, then pulled away from the surface at a constant
rate. Stretch rate (cantilever base velocity) was typically
500 nm/s, or 30, 100, 300, 1000, and 3000 nm/s in pulling-
speed-dependent measurements. Compression forces used
during the nanomechanical manipulation were between 300

and 700 pN. Dwell time on the surface, used to facilitate the
binding of a molecule to the tip, was 1 s.

Force versus displacement curves were collected in
repeated stretch and release cycles. Force was determined
from the bending and stiffness of the cantilever. Cantilever
stiffness (κ) was obtained by calibration with the thermal
method [35]. Typical cantilever stiffness was∼6 pN/nm. The
force-displacement curves were corrected for several factors
to obtain force versus molecular end-to-end length func-
tions. The zero-length, zero-force data point was obtained
from the force response that corresponded to the cantilever
tip reaching (or departing from) the substrate surface. Forces
(F) were corrected for baseline slope obtained from the
force response of the displaced but unloaded cantilever.
The end-to-end length (z) of the tethered molecule was
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calculated by correcting the cantilever base displacement (s)
with cantilever bending as

z = s− F

κ
. (1)

2.3. Analysis of Force Data. Force versus molecular end-
to-end length curves displaying repetitive force peak were
further analyzed to obtain unfolding force values for the
Z1Z2 construct. The peak force for individual unfolding
events in each data set was measured. The last peak,
presumably due to the detachment of the molecule either
from the tip or from the glass surface, was omitted from
analysis. Force peaks associated with a contour-length gain
that was significantly different from the value expected based
on the length of the unfolded Z1 or Z2 domains were
also excluded from the analysis. The theoretically expected
contour length gain for the Z1 and Z2 domains is 32–34 nm,
calculated based on the number of residues (101 and 94 for
Z1 and Z2, resp.) and the size of a folded Ig domain (∼4 nm).
The relative frequencies of curves (in measurements using
500 pN/nm pulling speed) with a different number of peaks
were the following: 2 peaks: 13%, 3 peaks: 39%, 4 peaks: 30%,
5 peaks: 17%.

Kinetic parameters of Z1Z2 domain unfolding were
investigated by two methods: (i) one based on the theory
of Bell [36] and Evans and Ritchie [37], and (ii) one
using a Monte-Carlo method (see below). The theory
of Bell and Evans and Ritchie assumes a single barrier
for protein unfolding/refolding. The mean unfolding force
depends on xu, the distance along the unfolding trajectory in
configuration space between the native and transition states,
and k0

u, the unfolding rate constant at zero applied force
according to

F = kBT

xu
ln

(
rxu

kBTk0
u

)
, (2)

where r is the force loading rate, kB is Boltzmann’s constant,
and T is absolute temperature. At 300 K, kBT = 4.14 pNnm.
The loading rate was calculated by fitting a line to the
rising phase of the force trace immediately preceding the
unfolding event. Mean unfolding forces were plotted against
the loading rate, and fitted with the above function, and k0

u

and xu were determined from the fit.

2.4. Monte-Carlo Simulation. Forced unfolding of the Z1Z2
titin Ig domains was simulated using a two-state model
[38, 39]. Initially the domains were assumed to be in the
folded state. The folding and unfolding rate constants at a
given applied force (F) were calculated according to

ku/ f = k0
u/ f exp

(
±Fxu/ f

kBT

)
, (3)

where u and f correspond to unfolding and folding, respec-
tively, and k0

u/ f is the unfolding/folding rate constant at zero
applied force. Negative sign is associated with folding, as
force acts against this process. The protein was extended with

preset values for k0
u/ f , xu/ f and pulling speed. Force as well

as the unfolding/folding rate constants were calculated in
small time increments. The force acting on the protein was
calculated using the wormlike chain equation:

F = kBT

P

(
1

4(1− x/L)2 −
1
4

+
x

L

)
, (4)

where P is the persistence length, and L is the contour
length of the protein, calculated as mLf + (n −m)Lu, where
L f and Lu are the lengths of the folded and unfolded
domains, respectively, while n and m are the numbers of total
and folded protein regions, respectively. At each extension
the probabilities of unfolding and folding were calculated
and compared with a randomly generated number. If an
unfolding/folding event took place, the contour length (L),
the force (F) and the probabilities were recalculated. The
parameters k0

u/ f and xu were varied until the simulated
dependence of unfolding force on the pulling speed best
fitted the experimental data. To mimic the experimental
arrangement as closely as possible and to avoid the effect
of chain length, the stretch and release of four-domain-long
molecular segments were simulated.

3. Results and Discussion

The dynamic stability of the Z-disk region of the giant muscle
protein titin was investigated by mechanically manipulating
recombinant fragments consisting of titin’s Z1 and Z2
domains. Under oxidative conditions, two Z1Z2 domain
pairs were assembled via their C-terminal cysteine residues,
yielding a 4-domain-long chemical dimer [40–42]. Force
versus extension curves measured by stretching the above
construct displayed sawtooth patterns, a characteristic of the
unfolding of individual domains (Figure 2(c)). Up to four
force peaks were observed for the Z1Z2 dimer excluding
the last peak, which corresponds to the detachment of the
molecule either from the tip or from the glass surface. Data
analysis was performed by analyzing the unfolding force as
well as the contour length gain. The obtained contour-length
gain was 29.1 ± 0.6 nm (±SEM) (Figure 2(d)). This value
is comparable to the theoretically expected contour-length
gain (32–34 nm) calculated based on the number of residues
(101 and 94 for Z1 and Z2, resp.) and the size of a folded
Ig domain (≈4 nm). Force peaks with contour-length gains
significantly different from the expected value were excluded
from the analysis.

The distribution of unfolding forces was relatively wide
(Figure 3(a)), with an average value of 101 ± 3 pN (±SEM)
for a pulling speed of 1000 nm/s. The unfolding forces
observed here are significantly lower than those found by
Bertz et al. [31] for a construct in which a single Z1Z2
fragment was flanked by three ubiquitin domains on both
the N- and C-terminal ends. Using this construct Bertz et
al. observed an average contour-length gain of 29.4± 0.2 nm
(±SEM) [31], which is essentially identical to our results.
However, the unfolding forces were 168 ± 2 pN, which far
exceed our findings. Even these greater values, however,
fall below most of the unfolding forces measured so far
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Figure 3: (a) Distribution of unfolding forces of Z1Z2 at 500 nm/s pulling speed. (b) Instantaneous unfolding force versus pulling speed.
Error bars represent SEM; the average number of data points for the different pulling speeds was 25. (c) Unfolding force versus loading rate.
The average number of data points for the different loading rates was 23. Data were fitted with (2).

for an array of titin’s globular domains [32], suggesting
that the Z1Z2 domains represent a mechanically weak part
of titin. We can only speculate about the origin of the
difference between our results and the findings of Bertz et al.
[31]. It might be possible that the molecular environment
imposed on the Z1 and Z2 domains by the recombinant
constructs led to either structural stabilization [31] or
destabilization (observed here). Although it is generally
assumed that recombinant constructs represent well the in
situ molecular structure and stability [43], sequence-specific
and environmental factors may contribute to an alteration of
the dynamic characteristics of the protein. Whatever might
be the exact source of variation in structural stability, the
Z1Z2 domains seem to be particularly unstable domains
within titin.

To obtain an estimate on the kinetic parameters of
the unfolding process, we performed the experiments at
different pulling speeds ranging from 30 to 3000 nm/s. The
pulling speed dependence of unfolding forces is shown in
Figure 3(b). Pulling-speed data were converted to loading
rate from the derivative of the force versus extension curves

(Figure 3(c)). By fitting the data with (2), we obtained
8.0 × 10−4 s−1 and 0.52 nm for the spontaneous unfolding
rate (k0

u) and the width of the unfolding potential (xu),
respectively. Using these parameters in a Monte-Carlo simu-
lation, the nanomechanical data were successfully recovered
(Figure 4). In contrast to the kinetic parameters found here
for Z1Z2, spontaneous unfolding rates of 3.3 × 10−4 s−1 and
2.8 × 10−5 s−1 have been observed for titin’s I27 and I28
immunoglobulin domains, respectively [44]. The unfolding
potential width was calculated as 0.25 nm for both of these
domains [44]. The spontaneous unfolding rate for the Z1Z2
domains is significantly greater than that of titin’s I27 and
I28 domains, indicating faster unfolding and hence lower
stability under unloaded conditions. By estimating the shape
of the unfolding potential with xu, we may explore the
dynamic stability of Z1Z2 as well. The xu value for the Z1Z2
fragment is approximately two times larger than that for
either I27 or I28. The smaller xu value of I27/I28 indicates
that during mechanical unfolding work is done over a very
short distance, allowing high forces to be withstood while
maintaining structure [45]. By contrast, the large xu of
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Z1Z2 indicates that work is done over a greater distance,
resulting in larger structural changes at relatively low forces.
Altogether, the dynamic stability of Z1Z2 is remarkably low.

Our findings indicate that both the thermodynamic
stability and the dynamic stability of titin’s Z1Z2 domains are
very low. Thus, the Z1Z2 domains may not withstand high
forces by themselves without severe structural consequences.
In the muscle sarcomere, Z1Z2 is tightly associated with
telethonin. The extensive network of hydrogen bonds formed
between a telethonin molecule and two anti-parallel Z1Z2
domains is thought to result in a structural stabilization
so large that the energetics of the Z1Z2-telethonin-Z1Z2
complex become comparable to that of a covalent bond
[29, 31]. We speculate that the primary in vivo function
of the strong Z1Z2-telethonin association is the formation
of mechanical continuity along the titin-based scaffold of
consecutive sarcomeres, and anchorage of titin within the
Z-disk might be a secondary function. Mechanically weak
domains in titin are also found among the fibronectin
domains located in the A-band section of the molecule [46].
Titin’s A-band section is thought to be inextensible and
therefore structurally stable, conceivably because of tight
association with constituents of the thick filament [47].
Tight association with binding partners is thus a common
organizing principle in stabilizing mechanically weak regions
in titin. Whether and how these nearly static interactions
allow structural rearrangements during myofibrillogenesis
and sarcomeric protein turnover await further investigation.

4. Conclusions

The dynamic stability of titin’s Z1Z2 domains was explored
here by mechanically manipulating a chemical dimer formed
of recombinant protein fragments. Z1Z2 domains have a
remarkably low dynamic stability, preventing them from
withstanding high mechanical forces regardless of loading
rates. It is the association of Z1Z2 domains with telethonin
that provides sufficient structural stabilization so that titin
becomes tightly anchored in the Z-disk.
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[22] R. Knöll, M. Hoshijima, H. M. Hoffman, et al., “The
cardiac mechanical stretch sensor machinery involves a Z
disc complex that is defective in a subset of human dilated
cardiomyopathy,” Cell, vol. 111, no. 7, pp. 943–955, 2002.

[23] J. M. Bos, R. N. Poley, M. Ny, et al., “Genotype-phenotype
relationships involving hypertrophic cardiomyopathy-
associated mutations in titin, muscle LIM protein, and
telethonin,” Molecular Genetics and Metabolism, vol. 88, no. 1,
pp. 78–85, 2006.
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Titin, also known as connectin, is a large filamentous protein that greatly contributes to passive myocardial stiffness. In vitro
evidence suggests that one of titin’s spring elements, the PEVK, interacts with actin and that this adds a viscous component to
passive stiffness. Differential splicing of titin gives rise to the stiff N2B and more compliant N2BA isoforms. Here we studied the
titin-isoform dependence of titin-actin interaction and studied the bovine left atrium (BLA) that expresses mainly N2BA titin, and
the bovine left ventricle (BLV) that expresses a mixture of both N2B and N2BA isforms. For comparison we also studied mouse left
ventricular (MLV) myocardium which expresses predominately N2B titin. Using the actin-severing protein gelsolin, we obtained
evidence that titin-actin interaction contributes significantly to passive myocardial stiffness in all tissue types, but most in MLV,
least in BLA, and an intermediate level in BLV. We also studied whether titin-actin interaction is regulated by S100A1/calcium and
found that calcium alone or S100A1 alone did not alter passive stiffness, but that combined they significantly lowered stiffness. We
propose that titin-actin interaction is a “viscous break” that is on during diastole and off during systole.

1. Introduction

Passive tension development in the sarcomere plays a critical
role in diastolic function. The giant protein titin/connectin
spans the half-sarcomere from Z-disk to M-line [1] and is
responsible for the development of passive tension within the
sarcomere [2]. Titin-based passive tension constitutes a large
fraction of the myocardial passive tension; the other main
contributor is the extracellular matrix [2, 3]. Titin contains
an extensible I-band region that comprises three distinct
regions: serially-linked immunoglobulin (Ig)-like domains,
the N2B element, and the PEVK region (which primarily
contains proline (P), glutamate (E), valine (V), and lysine
(K) residues) [4]. These three spring-like elements develop
force when extended and, along with collagen, determine
myocardial passive stiffness [5].

Isoform splicing is a long-term mechanism that alters
titin-based myocardial passive stiffness [6–8]. Cardiac titin is

present as two isoforms: the small (3.0 MDa) N2B titin and
larger N2BA titin isoform (∼3.3 MDa) [4, 6]. Differential
expression of titin’s I-band region results in N2BA titin
containing a larger PEVK domain than in N2B titin, in
addition to a variable number of additional Ig domains [4, 6,
9]. At a given extension, the cardiac N2BA isoform develops
less force than the N2B isoform, which can be explained by
its longer end-to-end length. This longer length results in
a lower fractional extension of the elastic elements in the
I-band, which leads to lower force development [10, 11].
Consistent with this, mouse knockout models, in which the
spring region of titin has been shortened, develop higher
passive force [12, 13].

Adding to the complexity of the sarcomeric response to
external stretch is the viscous interaction between cardiac
PEVK and actin [14–17]. In vitro motility assays [14–
16, 18], single molecule studies [19], myocyte mechanics
[14], electron microscopy [20], and single myofibril recoil
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experiments [21] have provided evidence for a dynamic
interaction between the PEVK and F-actin that retards
filament sliding. As the sarcomeres change length during
active contraction (systole) and passive stretch (diastole),
titin’s I-band region and actin are displaced with respect to
one another. F-actin contains negatively-charged regions on
its outer surface [22], and the ionic strength dependence
of the PEVK-actin interaction suggests that electrostatic
interactions play a role in determining the magnitude of the
“viscous drag” force of this interaction [14]. In vitro evidence
suggests that the PEVK-actin interaction might be regulated
by S100A1 [14], a soluble calcium-binding protein present
in the myocardium [23], with the interaction reduced in the
presence of S100A1 and physiological calcium levels. Thus,
isoform splicing represents a long-term response to changing
demands on the cardiovascular system, and Ca2+/S100A1
modulated PEVK-actin association might represent a short-
term mechanism for changing passive stiffness.

The presence of titin-actin interaction has mainly been
investigated in N2B expressing rodent myocardium [14,
15]. However, large mammals, including human, typically
express higher levels of N2BA cardiac titin [8] and here
we investigated titin-actin interaction in bovine left atrium
(BLA) which expresses predominately N2BA titin, and
bovine left ventricle (BLV) which coexpresses both N2B and
N2BA titin [24, 25]. We compared results to those from
the N2B dominant mouse left ventricle (MLV). We used
skinned myocardium and studied passive stiffness before
and after actin extraction using the actin severing protein
gelsolin. We also focused on the possible regulation of actin-
titin interaction by S100A1 and calcium, a mechanism of
regulation for which support exists from in vitro binding
and in vitro motility studies [14], but which has not been
tested in a sarcomeric context. The sarcomere has many
geometric constraints and contains countless proteins that
are absent in the in vitro assays, and these might mask or
accentuate properties measured in vitro. The findings of
our studies support that titin-actin interaction is universally
present in the different titin isoforms, and that the level
scales with the stiffness of the isoform. We also found
support for regulation of titin-actin interaction by S100A1
and calcium in skinned myocardium. The data indicate that
during the cardiac cycle, titin-actin interaction fluctuates,
and is strong during diastole when the calcium level is low
but considerably weaker during systole when calcium is high.

2. Materials and Method

2.1. Muscles. Hearts were rapidly excised from ∼3 mo old
C57/BL6, male mice. The left ventricle (LV) was opened
and immediately placed in a modified Krebs solution
[composition in mM: NaCl 122, KCl 5, NaHCO3 25,
MgCl2 1.08, NaH2PO4 1.3, CaCl2 0.2, 2, 3–6 butanedione
monoxime (BDM) 30, glucose 11.2, insulin 5 U/L, gassed
with 95% O2, 5% CO2, pH 7.4]. Bovine hearts (animals
>18 months old and weighing >1100 lbs) were obtained
from local slaughterhouses. The hearts were excised within
∼15 minutes following death. The left atrium (LA) and

left ventricle were cut into small pieces and placed into
oxygenated Krebs solution. Small wall muscle strips (length:
1.5–3.0 mm; diameter∼0.3 mm) were dissected using a high-
resolution binocular scope. Extreme care was taken to dissect
the strips in the direction of the fibers and to avoid stretching
during dissection. Visual inspection under the dissection
microscope revealed that some areas of the BLA contained
relatively high levels of collagen and these areas were avoided
in this study. Muscle strips were skinned in relaxing solution
(BES 40 mM, EGTA 10 mM, MgCl2 6.56 mM, ATP 5.88 mM,
DTT 1 mM, K-propionate 46.35 mM, creatine phosphate
15 mM, pH 7.0) (chemicals from Sigma-Aldrich, MO, USA)
with 1% Triton-X-100, overnight at ∼4◦C. The muscle strips
were then washed and used for mechanical experiments.
To prevent degradation, all solutions contained protease
inhibitors (PMSF: 0.5 mM; leupeptin: 0.04 mM, and E64:
0.01 mM). All animal experiments were approved by the
University of Arizona Institutional Animal Care and Use
Committee and followed the U.S. National Institutes of
Health “Using Animals in Intramural Research” guidelines
for animal use.

Passive tension was measured with a silicon semicon-
ductor strain gauge (model AE–801, SensoNor, Horten,
Norway). Muscle length was controlled by a high-speed
motor (Model 308B, Aurora Scientific Inc., Richmond Hill,
Ontario, Canada). Preparations were attached to the motor
arm and the force transducer via aluminum clips. Using a
small prism, the two perpendicular diameters of the muscle
were measured and the cross-sectional area was calculated,
assuming the cross-section is elliptical in shape. This area
was used to calculate the force per unit area (in mN/mm2),
allowing us to compare results from different muscles.
Experiments were performed at room temperature (20–
22◦C). We determined titin’s contribution to total passive
tension using its fractional contribution in MLV, BLV, and
BLA as previously determined (this previous work used the
exact same experimental conditions as the present work); see
[3]. We also determined the passive stiffness from the local
slope of the titin-based tension-SL relation.

Sarcomere length (SL) was measured with laser-
diffraction [26, 27]. The diffraction pattern was collected
with a bright-field objective, a telescope lens was focused
on the back focal plane of the objective, and the diffraction
pattern was projected, after compression with a cylindrical
lens, onto a photodiode array. The first order diffraction peak
position was obtained using a digital spot-position detector
board installed in an IBM AT computer. This signal was
converted to sarcomere length using a calibration curve that
was established with diffraction peaks of a 25 μm grating that
was present in the chamber. For further details see [26, 27].

Maximum active force was measured at an SL of
2.0 μm, using an activating solution with pCa 4.5 (pCa =
−log [Ca2+]). Passive force was measured while the muscle
was in relaxing solution and stretching the preparation with
a constant velocity from its slack length to a predetermined
amplitude followed by a release to the slack length at
the same velocity. Most experiments were done utilizing
a stretch/release velocity of 0.1 length/sec with the length
referenced to the slack sarcomere length (∼1.9 μm), except
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for those in Figure 6 that were done at both 0.1 and 2.0
length/sec. Stretch–release cycles were followed by ∼20-min
rest periods at the slack length.

To eliminate titin-actin interaction in the I-band region
of the sarcomere, we used a calcium-independent gelsolin
fragment (amino acids 1–406; dissolved in 10 mM 3-(N-
morpholino) propanesulfonic acid (MOPS), 1.0 mM EGTA,
1.0 mM Mg-acetate, 20 mM K-propionate, 1 mM DTT, and
20 μg/mL leupeptin, pH 7.0 at 21–23◦C), as described
previously [28]. Skinned muscle strips were mechanically
characterized and the chamber solution was then replaced
by gelsolin (3 μg/μL) in relaxing solution, as described
previously [29, 30], and incubated at room temperature for 4
hours, followed by extensive washing with relaxing solution
and a mechanical characterization identical to the one
carried out before actin extraction. To determine the degree
of thin filament extraction, the maximal active tension (pCa
4.0) at a starting SL of 2.0 μm was measured before and after
actin extraction.

To test the effect of low level of calcium or S100A1,
a separate group of skinned muscles were incubated in a
relaxing solution (pCa 9.0), a calcium (pCa 6.8) solution
(solution composition calculated by the program of Fabiato
and Fabiato [31]), and either a relaxing solution that contains
S100A1(1 μg/μL; S100A1 from Sigma) or a solution that
contains both calcium (pCa 6.8) and S100A1. The skinned
muscles were incubated in these solutions and were then
stretch/released at 0.1 length/sec, allowed to rest 20 minutes,
and then stretch/released at 2.0 length/sec.

2.2. Statistics. Data are presented as mean ± SE. Significant
differences were determined using a t-test or where appropri-
ate ANOVA. Post hoc comparisons were made using Tukey
HSD. Probability values < .05 were taken as significant.

3. Results

We focused on the contribution of titin-actin interaction
to passive stiffness and its modulation via S100A1 and
calcium. We utilized myocardial wall strips from MLV, as a
representative of a myocardium that expresses predominately
N2B titin, BLA, as a representative of an N2BA dominant
sample, and BLV, as a representative of myocardium that
coexpresses both N2BA and N2B titin isoforms [11]. The
N2B : N2BA expression ratio in the BLV tissues was deter-
mined with agarose gels [32] to be 1.2 ± 0.2; the inset of
Figure 1(b) shows an example of a gel with BLV and BLA
samples. We measured passive tension during stretch of the
skinned myocardium, before and after extracting actin with
gelsolin, in order to deduce whether actin-titin interaction
contributes to passive tension. To determine the degree of
actin extraction, we measured maximal active tension before
and after gelsolin treatment.

Gelsolin treatment resulted in a nearly 95% loss in active
tension (Table 1), suggesting that the majority of the thin
filaments was extracted in all tissues, consistent with previous
work [28]. Although the remaining few percent of active
tension could have been eliminated by extending the gelsolin
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Figure 1: Measurements of total passive tension, before and after
gelsolin treatment. (a) mouse left ventricle (MLV), (b) bovine
left ventricle (BLV), (c) bovine left atrium (BLA) before gelsolin
extraction (control, black) and after gelsolin treatment (white).
Gelsolin treatment decreases passive tension. Inset of (b): example
of titin gel (SDS agarose) with BLV and BLA samples. Inset of (c):
tension at SL = 2.25 μm before and after gelsolin treatment with %
tension reduction. MLV is more greatly affected by thin filament
extraction than BLA, with BLV at an intermediate level. Error bars
are SE (for clarity plotted only every 0.05 μm).

treatment duration, because this might recruit titin from
near the Z-disc [30], which is normally inextensible, we
limited the gelsolin treatment duration such that a very
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Table 1: Measurement of maximal active tension (pCa 4.5) before and after gelsolin treatment. Percent reduction not different between
groups. (SL 2.0 μm; n = 6 per group; data are mean ± SE; ∗∗∗P < .001.

Muscle Dominant Isoform
Active tension before
gelsonlin treatment
(mN/mm2)

Active tension after
gelsonlin treatment
(mN/mm2)

Percent tension
reduction (%)

MLV N2B 36.7± 0.9 2.25 ± 0.26∗∗∗ 93.8± 0.8

BLV Coexpressing 41.8± 1.5 2.24 ± 0.16∗∗∗ 94.6± 0.3

BLA N2BA 33.2± 0.5 2.31 ± 0.24∗∗∗ 93.0± 0.7

small amount of active tension remained. Thus by comparing
passive stiffness of different tissue types and utilizing gelsolin
as a tool to extract actin, we investigated the contribution of
titin-actin interaction to passive tension in N2B expressing
myocardium (MLV), N2BA expressing myocardium (BLA),
and N2B and N2BA coexpressing myocardium (BLV).

3.1. Changes in Passive Tension by Thin Filament Extraction.
Because titin-actin interaction is thought to provide a viscous
force, the passive tension measured during stretch is expected
to be increased by this interaction. We examined passive
tension during stretch to sarcomere length 2.25 μm for MLV
or 2.4 μm for BLV and BLA. MLV tissues were only stretched
to sarcomere lengths (SL) of 2.25 μm so that the tissues
would not encounter damage [3]. BLA and BLV tissues
were stretched to SL of 2.4 μm, which for these tissues is in
the reversible length regime [3]. Between tissue types, N2B
expressing MLV was found to be stiffer than N2B/N2BA
coexpressing BLV, which was stiffer than N2BA expressing
BLA (Figure 1, control curves), reproducing earlier findings
[3]. Following thin filament extraction, passive tension was
reduced and the magnitude was small at short lengths
and grew as SL increased (Figure 1). The effect was most
pronounced in MLV, intermediate in BLV, and lowest in
BLA. Comparing data at an SL of 2.25 μm, showed that the
magnitude of the reduction was 22, 17, and 10%, respectively
(Figure 1(c), inset).

Results in Figure 1 represent total passive tension.
Previously, we determined titin’s and collagen’s fractional
contribution to total passive tension of MLV, BLV, and BLA
(using the exact same experimental conditions as in the
present work) and we used those results [3] to calculate from
the total measured tension (Figure 1), the titin-based passive
tension. Results are shown in Figure 2, with findings at an
SL of 2.25 μm shown in the inset of Figure 2(c). The percent
titin-based passive tension reduction at the full SL range is
shown in Figure 3(a). In all tissue types, titin-based passive
tension increases with SL, and at all SLs the reduction is
largest in MLV, less in BLV, and lowest in BLA with values at
2.25 μm of 44, 20, and 12%, respectively. We also determined
the passive stiffness from the local slope of the tension-SL
relation and calculated the stiffness reduction due to actin
extraction. Results shown in Figure 3(b) reveal that in all
three tissue types, actin extraction has a large effect on titin-
based stiffness, and that the reduction is again largest in N2B
expressing MLV and smallest in N2BA expressing BLA with
BLV being intermediate.

3.2. Hysteresis in Thin Filament Extracted Tissue. It is well
known that passive tension displays hysteresis (i.e., passive
tension is higher during stretch than during release) and
because titin-actin interaction appears to contribute to
passive tension during stretch we wished to examine whether
titin-actin interaction contributes to hysteresis. In the three
muscle types, we imposed stretch-releases cycles before and
after thin filament extraction and determined hysteresis from
the area of the force-length loop of stretches to different SLs
(an example of the protocol is shown in Figure 4(a)). In all
tissue types, hysteresis increased with SL and, interestingly,
gelsolin treatment significantly decreased hysteresis at all
lengths. At an SL of 2.25 μm (Figure 4(b)), the decrease
was the same in MLV and BLA (33 and 35%, resp.) and
larger in BLV (52%). It is important to highlight that
hysteresis is not abolished by actin extraction, showing
that titin-actin interaction is only partially responsible for
hysteresis and that there must be other sources of hysteresis
as well.

3.3. Modulation of Titin-Actin Interaction via S100A1 and
Ca2+. While titin-actin interactions might be useful in pro-
viding resistance to stretch during diastole, during systole,
these interactions could hinder ejection when thin filaments
rapidly slide past the extensible region of titin. Thus it is
worth examining whether titin-actin interaction is regulated.
Based on in vitro studies, we had previously proposed
that the Ca2+-binding protein S100A1 regulates actin-titin
interaction [3]. Here we investigated the possibility of
modulation of passive stiffness via S100A1 and Ca2+. We
used a pCa of 6.8 because this is just below the level that
causes activation [33]. We focused on MLV because titin-
actin interactions are most pronounced in this tissue type,
making it easier to detect regulation, if indeed it exists.
The example experiment of Figure 5 shows that Ca2+ alone
or S100A1 alone did not change tension during stretch
(Figure 5(a)) but that when combined (pCa 6.8 plus S100A1)
passive tension was reduced (Figure 5(b)). We performed
experiments at two stretch speeds (0.1 and 2.0 length/sec)
and their summarized results are shown in Figure 6. In the
presence of Ca2+ alone or S100A1 alone, passive tension
at both speeds was slightly increased compared to that
measured in Ca2+free solution (Figure 6, upper curves).
In the presence of both S100A1 and Ca2+, a significant
decrease in passive stiffness was observed, with up to
20% decrease at the fastest speed (Figure 6, bottom two
curves).
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Figure 2: Measurements of titin-based passive tension, before and
after gelsolin treatment. (a)–(c) In MLV, BLV, and BLA titin-based
passive tension is reduced following gelsolin treatment. At a SL of
2.25 μm. Decrease in titin-based passive tension is largest in MLV,
smallest in BLA, with BLV being intermediate. Data are based on
Figure 1; see text for details. Error bars are SE (for clarity plotted
only every 0.05 μm).

4. Discussion

We found in this work that thin filament extraction, with
the actin-severing protein gelsolin, reduces passive tension
during stretch of skinned myocardium. These findings
support previous studies that suggest that passive tension
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Figure 3: Reduction in titin-based tension (a) and titin-based
stiffness (b). Data are based on measurements shown in Figure 2
(tension) and from the slope of the tension-SL curve shown in
Figure 2 (stiffness). The reductions in tension and stiffness are SL
dependent, in all tissue types, and are highest in MLV, lowest in BLA
and intermediate in BLV. Error bars are SE (for clarity plotted only
every 0.05 μm).

measured during stretch in cardiac muscle is not solely
determined by titin’s intrinsic elasticity, but also includes
contributions from a transient (or viscous) force that is
due to titin–actin interaction [14, 15]. In vitro binding and
motility studies have shown that amongst the three spring
elements of cardiac titin, the tandem Ig segments and N2B
element do not bind actin, but that the PEVK region does
interact with titin [14, 15, 18]. Important evidence for func-
tional significance of titin-actin interaction was obtained
in mechanical experiments with mouse cardiac myocytes
in which a recombinant protein fragment consisting of the
PEVK region of the N2B titin isoform was added to skinned
myocytes, and passive tension during stretch was lowered
due to a competition with endogenous titin molecules
for binding sites on the thin filament [14]. Our present
work on mouse skinned myocardium in which we found
that thin filament extraction also lowers passive tension
during stretch, similarly to what had been found earlier in
myocytes with exogenous PEVK, further supports the notion
that titin-actin interaction contributes to passive tension
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Figure 4: Hysteresis before and after gelsolin treatment. (a)
Protocol. Skinned muscles were stretched to a given length followed
by a release back to slack and hysteresis was calculated from the
area of the resultant force-sarcomere length curve. Measurements
were made before and after gelsolin treatment. (b) Comparison of
hysteresis at SL 2.25 μm with % hysteresis reduction. All tissues
showed an increase in hysteresis with SL and a reduction in
hysteresis following actin extraction with gelsolin. Error bars are SE.
∗P < .01.

during stretch. Furthermore, our finding that thin filament
extraction lowers passive tension in bovine myocardium as
well as mouse myocardium (Figures 1–3) suggests that N2BA
cardiac titin also interacts with actin and that PEVK-titin
interaction is universally represented in different cardiac
isoforms.

In vitro binding studies have shown that the binding
between F-actin and the PEVK is ionic strength dependent
[14, 18, 19], suggesting that the interaction is at least in
part electrostatic. F-actin contains a large patch of negatively
charged residues on its exposed surface [22], and several
actin-binding proteins are known to bind to this region
via basic charge clusters [34–36]. The PEVK region of N2B
cardiac titin is comprised of basic (pI 9-10) ∼28-residue
PEVK repeats [6, 37]. At physiological pH, the cardiac
PEVK therefore carries a net positive charge, which likely
facilitates its interaction with the negatively charged actin
filament. Proline-rich regions (PRRs) often assume extended
conformations, such as the polyproline II (PPII)-helix that
has been predicted for PEVK fragments [38]. Due to the
conformational restrictions that proline residues impose on
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Figure 5: Example experiment addressing effect of calcium and
S100A1 on tension in skinned muscle during stretch. (a) Skinned
MLV muscle was stretched (0.1 length/sec) in pCa 9.0 (black),
pCa 6.8 (red), and pCa 9.0 plus S100A1 solution (blue). Calcium
(pCa 6.8) or S100A1 alone did not affect tension during stretch.
(b) Skinned MLV muscle was stretched (0.1 length/sec) in pCa 9.0
(black), pCa 6.8 (red squares), and pCa 6.8 plus S100A1 solution
(red triangles). Only when calcium (pCa 6.8) and S100A1 are both
present is passive tension reduced.

the polypeptide backbone, PRRs experience a small reduc-
tion of entropy upon ligand binding [39]. This property
makes them energetically favorable sites for protein-protein
interactions, and there are numerous examples of PRRs that
perform binding functions in vivo [39]. The binding of actin
by the N2B PEVK may therefore be both electrostatically and
thermodynamically favorable.

The in vitro studies discussed above were all carried
out with a recombinant PEVK fragment that represents the
PEVK sequence found in the human N2B cardiac isoform.
The high sequence conservation of the N2B PEVK [28]
makes it likely that the same binding properties exist in
different species. Additionally, the PEVK sequence of the
N2B titin isoform is constitutively expressed in different
titin isoforms and thus PEVK-titin interaction is expected
to occur in N2BA cardiac titin as well [4, 7, 28]. The
N2BA isoform contains additional PEVK residues many of
which belong to the above discussed PEVK repeat sequence
motif. Others belong to a second PEVK motif (absent in the
N2B isoform), the so-called E-rich motif which contains a
preponderance of glutamate [4, 40]. Nagy et al. [18] studied
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Figure 6: Effect of calcium, S100A1, and calcium plus S100A1 on
tension. Skinned MLV was stretched at two velocities (0.1 and 2.0
length/sec; dark and open symbols, resp.) in calcium alone (pCa 6.8;
grey), S100A1 alone (circles), or calcium plus S100A1 (triangles).
Calcium alone or S100A1 alone slightly increases tension (3–8%).
When S100A1 is added to pCa 6.8 solutions, tension is decreased,
an effect that is largest at the fastest stretch speed. Tensions are
expressed relative to tensions measure in the pCa 9.0 solution (See
methods for details). Error bars are SE (for clarity plotted only every
0.05 μm).

recombinant PEVK proteins with different motif structures
and found that the presence of E-rich motifs enhances the
actin binding property of the PEVK. Thus, although the
PEVK of the N2BA isoform has not been studied in vitro,
it is expected that PEVK-actin interaction is present in this
titin isoform, consistent with our present findings.

We found that the effect of thin filament extraction
was highest in N2B expressing MLV and lowest in N2BA
expressing BLA. Although this might suggest that the
interaction between the PEVK and actin is less in N2BA
titin, as discussed above, this is unlikely to be the case (the
interaction might actually be enhanced in N2BA titin) and it
is worthwhile therefore to explore alternative explanations. A
likely explanation is as follows. The interaction between the
PEVK region and the actin filament will during sarcomere
stretch impede the extension of the PEVK element, and as
a result the extension of the tandem Ig and N2B spring
elements (which do not interact with actin) will be increased.
The degree to which this increased extension affects force
will depend on how much it will increase titin’s fractional
extension (end-to-end length divided by the contour length)
[41–43]. Because N2BA titin has a much longer contour
length than N2B titin (due to the extra PEVK residues and
additional Ig domains), its increase in fractional extension
will be less and hence its increase in force will be less as
well (titin’s force is a function of its fractional extension; see

[41, 44]). Thus, our findings are consistent with a model
in which all titin isoforms interact with actin and in which
the isoform’s contour length in inversely related to the titin-
actin interaction induced force increase. The contour length
of N2BA titin is longer than that of N2B titin [11], explaining
why the passive tension increase of BLA is much lower than
that of MLV. It is also important to highlight that although
the effect of titin-thin filament interaction at a given SL is
lower in bovine tissues than in mouse, the effects are more
similar in the two species when they are compared at their
end diastolic SL, which in large mammals has been reported
to be∼2.4 μm [45], and in rodents∼2.2 μm [46]. Thus, titin-
actin interaction is likely to play important physiological
roles in species as diverse as mouse and bovine.

We have previously shown a correlation between the
level of N2B expression and heart beat frequency [8]. We
proposed that the short times available for diastolic filling
when the heart beats fast (in the mouse, the filling time is
only ∼40 msec) necessitates a stiff ventricle, to ensure that
early diastolic filling is fast (titin contributes to the early
diastolic suction force [47–49]) and that during late diastole,
overfilling is prevented [8]. Because the increased stiffness
due to titin-actin interaction is most pronounced at longer
SLs (Figure 3(b)), titin-actin interaction might function
primarily as a determinant of the maximal filling volume.
It is also important to highlight that the contribution of
titin-actin interaction to passive stiffness increases with
stretch speed (due to its viscous nature, see e.g., [19]), and
thus as the heart beats more forceful and faster (as occurs
during beta-adrenergic stimulation) titin-actin interaction
will further increase stiffness at the large volumes and
enhance thereby control over the maximal filling volume.
Titin also plays a structural role that includes centering of the
A-band in the middle of the sarcomere [50]. Any unevenness
in active force generation in the two halves of a sarcomere
(which might be due to, for example, micro-variation in the
timing of calcium release) is expected to result during systole
in movement of the A-band away from its central location in
the sarcomere. During diastole, passive tension will reset the
A-band to its central location. However, if diastolic durations
are extremely short, this is hard to accomplish and stiff
titin will speed recentering, with a viscous component at
longer length preventing overshoot and possible oscillations.
Thus, we propose that titin-actin interaction is important
for controlling both late diastolic filling and the structural
integrity of the sarcomere.

Although titin-actin interaction is likely to be func-
tionally important during diastole, during systole it is not
beneficial because it impedes filament sidling. It has been
shown in vitro that S100A1 regulates PEVK-actin interaction
[14] and, thus, S100A1 might provide a mechanism for
switching PEVK-actin interaction off during part of the
heart cycle when it is not a desirable feature to have. S100
is a 25-member family of EF hand proteins, with S100A1
as the most abundant member found in the heart [23].
Physiological levels of calcium activate S100A1, by exposing
a hydrophobic domain on S100A1 that is a primary site
for protein interactions [23]. Immunoelectron microscopy
has shown that in the presence of calcium, S100A1 binds
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at several sites along titin’s extensible region, including the
PEVK domain [14]. Furthermore, gel overlay analysis has
revealed that S100A1 binds the PEVK region in a calcium-
dependent manner, and in vitro motility assays indicate that
S100A1-PEVK interaction reduces the force that arises as
F-actin slides relative to the PEVK domain [14]. Thus we
had previously proposed that S100A1 provides a mechanism
to free the thin filament from titin and reduce titin-based
tension before active contraction and rapid filament sliding
take place [14]. The present work is the first critical test of
this proposal. We used a low level of calcium (pCa 6.8), just
below the threshold for contraction, and showed that this
alone has no clear effect on tension of skinned myocardium
during stretch, and neither has S100A1 alone (5 and 6).
However, when both are present, a significant reduction in
passive tension during stretch is observed, that scales with
stretch speed, as expected from being derived from a viscous
source. Thus because S100A1 is constant during the cardiac
cycle, and calcium fluctuates, titin-actin interaction will vary:
it is strong during diastole when the calcium level is low but
considerably weaker during systole when calcium is high.

In summary, our studies support that all cardiac titin
isoforms interact with actin and that the degree to which
this increases passive stiffness is inversely related to the
isoform’s contour length. Titin-actin interaction is expected
to contribute to the structural integrity of the sarcomere
(A-band centering) and the control of late diastolic filling.
Furthermore, evidence was obtained for regulation of titin-
actin interaction by S100A1/Ca2+. We propose that titin-
actin interaction functions as “viscous break” that is on
during diastole and off during systole.
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Calcium (Ca2+) signaling plays a key role in a wide range of physiological functions including control of cardiac and skeletal muscle
performance. To assure a precise coordination of both temporally and spatially transduction of intracellular Ca2+ oscillations to
downstream signaling networks and target operations, Ca2+ cycling regulation in muscle tissue is conducted by a plethora of diverse
molecules. Ca2+ S100A1 is a member of the Ca2+-binding S100 protein family and represents the most abundant S100 isoform in
cardiac and skeletal muscle. Early studies revealed distinct expression patterns of S100A1 in healthy and diseased cardiac tissue
from animal models and humans. Further elaborate investigations uncovered S100A1 protein as a basic requirement for striated
muscle Ca2+ handling integrity. S100A1 is a critical regulator of cardiomyocyte Ca2+ cycling and contractile performance. S100A1-
mediated inotropy unfolds independent and on top of βAR-stimulated contractility with unchanged βAR downstream signaling.
S100A1 has further been detected at different sites within the cardiac sarcomere indicating potential roles in myofilament function.
More recently, a study reported a mitochondrial location of S100A1 in cardiomyocytes. Additionally, normalizing the level of
S100A1 protein by means of viral cardiac gene transfer in animal heart failure models resulted in a disrupted progression towards
cardiac failure and enhanced survival. This brief review is confined to the physiological and pathophysiological relevance of S100A1
in cardiac and skeletal muscle Ca2+ handling with a particular focus on its potential as a molecular target for future therapeutic
interventions.

1. Introduction

Ca2+ is a highly versatile intracellular signal that controls
many different cellular functions. Therefore, Ca2+ signals
need to be flexible yet precisely regulated. Besides con-
trolling gene transcription and growth, Ca2+ regulates the
contraction and relaxation in muscles tissue. Skeletal and
cardiac muscle belong to the striated tissue and share many
functional aspects. The Ca2+ signals require downstream
proteins to connect Ca2+ oscillations to different signaling
domains. Ca2+ cycling in muscle tissue is regulated by a
plethora of proteins, transmitting the Ca2+ messages with
precision and in a temporally and spatially coordinated
manner. One of these specific Ca2+ binding protein families
within muscle cells is the S100 protein family.

The process of excitation-contraction coupling (ECC)
in skeletal and cardiac muscle cells requires membrane
depolarization. After membrane depolarization, Ca2+ influx
is activated via voltage-gated L-type Ca2+ channels into the
cytosol of both skeletal muscle cells and cardiac myocytes
[1]. This rise in cytoplasmic Ca2+ concentration leads to Ca2+

release from the sarcoplasmic reticulum (SR) (Ca2+ induced
Ca2+ release-CICR) by activation of Ryanodine receptors
(RyR), whereas in skeletal muscle voltage dependent Ca2+

release occurs (VICR). After Ca2+ release of the RyR, Ca2+

molecules subsequently bind to the contractile proteins such
as troponin c, which causes contraction of the myocytes.
Thereafter, Ca2+ is cleared from the cytosol by reuptake of
Ca2+ into the SR by the action of a sarcoplasmic reticulum
Ca2+ ATPase (SERCA).
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Much evidence has accumulated that abnormal regula-
tion of intracellular Ca2+ by the SR plays a key role in the
development of cardiac diseases. A decreased Ca2+ transient
leads to a decreased contractility of the cardiomyocytes. The
reduced Ca2+ transients are mainly related to a decreased SR
Ca2+ load. Correction of the disorder of Ca2+ cycling has a
potential as a new and intriguing therapeutic strategy against
cardiac disease states.

Among others proteins, it has been proven that S100A1
regulates sarcoplasmic reticulum Ca2+ handling in skeletal
and cardiac muscles [2, 3]. In this brief review, we discuss
the physiological role of S100A1 in the regulation of ECC
in skeletal and cardiac muscles. In addition, we focus on
pathophysiological consequences of altered S100A1 expres-
sion in cardiovascular disease to provide a comprehensive
understanding of the role of S100A1. Finally, we aim to
highlight the potential of an S100A1-targeted therapy in
cardiovascular diseases.

2. S100 Protein Family

S100 Ca2+-binding proteins are the largest subfamily of
EF-hand proteins (25 human genes), putatively targeting
more than 90 proteins (previously reviewed in [4, 5]).
S100 proteins are small acidic proteins (10–12 kDa) that are
found exclusively in vertebrates. These proteins were first
identified by Moore in 1965 and characterized as “S100” in
consequence for their unique solubility in 100% saturated
solution with ammonium sulphate and were designated by
consecutive arabic numbers placed behind the stem symbol,
for example, s100a1, s100a2, s100a3, and so forth [4] due
to their clustered organization on human chromosome
1q21.

Each S100 monomer contains two EF-hand Ca2+ binding
domains interconnected by an intermediate region (hinge
region) (Figure 1) [6] exerting unique features when com-
pared with other EF-hand proteins. First, the two EF hands
in each monomer differ in sequence and affinity for Ca2+

binding. The c-terminal EF hand contains the classical
canonical Ca2+ binding motif and ligates Ca2+ in a similar
manner to calmodulin and troponin C, resulting in Kd
10–50 μM. The NH2-terminal pseudo-EF hand contains
two additional amino acids and is a characteristic of
S100 proteins. Consequently, Ca2+ affinities decreased to
a Kd between 200–500μM (reviewed in [6]). Importantly,
Ca2+ affinity is regulated by posttranslational mechanism
facilitating Ca2+ binding and activation of S100 proteins
even at nanomolar free Ca2+ concentrations. Ca2+ binding
eventually triggers exposure of a hydrophobic epitope which
is believed to mediately represent a major interaction site
enabling accommodation of target proteins through the
exposure of a hydrophobic epitope that surface represents
the interaction site of most S100 proteins for the binding of
target proteins (Figure 2). The second unique characteristic
compared to EF-hand proteins of S100 proteins is their
dimeric nature, as it has been shown both in vivo and
in vitro that S100 proteins form noncovalent homo- and
heterodimers (Figure 2). Third, S100 proteins are expressed
in a tissue- and cell- specific fashion, pointing to higher

degree of specification. The most abundant S100 protein
isoform in cardiac and skeletal muscle is S100A1 among
other S100 isoforms such as S100A4, S100A6, and S100B and
in heart S100A1 is mainly found in ventricular cardiomy-
octes.

3. S100A1—A Member of
the S100 Protein Family

In a wide range of small (mouse, rat) and large (rabbit,
dog, swine) animals, S100A1 is preferentially found in the
heart and in lower concentrations in skeletal muscle [8–
10]. Healthy human tissue exhibits a similar distribution
[11], and most recently, large-scale analyses of the human
transcriptome by Su et al. [12] and Shmueli et al. [13]
comprehensively confirmed that the human heart is the
predominant location of S100A1. S100A1 expression steadily
increases during cardiac development in mice and reaches
a plateau in ventricular myocardium in the postnatal state
[14]. Estimations of total intracellular concentrations of
S100A1 in isolated murine and rat left ventricular myocytes
revealed a range between 40 to 200 nM ([12], Völkers M,
unpublished observations).

In the adult heart, S100A1 protein is not uniformly
expressed but exhibits its highest mRNA and protein levels
in the left ventricle, with lower concentrations in the
right ventricle and atria [6, 15]. Analysis of the S100A1
promoter in rodents identified a subset of transcription-
factor consensus sequences (i.e., homeobox protein NK-2
homolog E, myocyte enhancer factor-2, GATA4) [14] that
are well known to drive cardiac-specific gene expression
of cardiac troponin C or calsequestrin and potentially to
convey predominant cardiac expression of S100A1. First
clinical interest in S100A1 has been sparked due to its altered
expression in diseased myocardium.

3.1. Protein Structure. The S100A1 monomer with a molecu-
lar weight of 10.4 kDa consists of two EF-hand Ca2+ binding
motif connected by a hinge region. In each EF-hand, a
Ca2+ binding loop is flanked by α-helices, resulting in a
helix-EF-hand-helix arrangement. Helix 1 and II flank the
n-terminal loop, whereas helices III and IV flank the c-
terminal loop (Figure 1). Stabilization of the homodimer
occurs independent of Ca2+ binding through hydrophobic
bonds between helices I and I’ of each monomer [6]. After
Ca2+ binding each monomer undergoes a conformational
change resulting in the exposure of a hydrophobic pocket in
the C-terminus which is believed to be the major docking
site for Ca2+-dependent interactions between S100A1 and
its target proteins. This pocket consists of residues of the
hinge region, helix III and the C-terminus. Since residues
within the hinge region and C-terminus display the greatest
sequence variability among S100 isoforms, they are viewed
to mediate isoform-specific target recognition [6]. Ca2+

binding to individual EF-hands in the S100A1 dimer has
been estimated to occur with a Kd of 200–500 μM at
the N-terminal and a Kd of 10–50 μM at the C-terminal.
However, Ca2+ affinity of both sides is tightly regulated by
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Figure 1: Schematic depiction of the secondary structure of an S100 protein. The monomeric structure consists of a repetitive
EF-hand motif, whereas eachCa2+-binding Loop (Loop I and II) is flanked by α-helices. The N-terminal and the C-terminal EF
hands are connected by a linker region (hinge region). The hinge region and the C-terminal extension (boxed in red) display the
least amount of sequence homology among S100 paralogs. Reproduced with modifications from Donato [5]. [http://www.ncbi.nlm
.nih.gov/pubmed/11390274?itool=EntrezSystem2.PEntrez.Pubmed.Pubmed ResultsPanel.Pubmed RVDocSum&ordinalpos=9].

posttranslational mechanism, that is, redox dependent S-
glutathionylation of cysteine residues which enables S100A1
to sense Ca2+ even at nanomolar concentration (see below).

3.2. Cardiac Subcellular S100A1 Location. Dependent on
the Ca2+ binding in adult cardiomyocytes, S100A1 mainly
resides on the SR, mitochondria and myofilaments. At the
molecular level, S100A1 has been shown to interact with the
cardiac ryanodine receptor (RyR2) [16–19], the SR Ca2+-
ATPase 2a (SERCA2a)-phospholamban (PLB) complex [16,
20, 21], the F1 portion of the mitochondrial ATP synthase
[22] mostly in a Ca2+-dependent manner and acts also as
a binding partner for the giant myofilament protein titin
[23, 24]. As mentioned, Ca2+ binding triggers exposure
of hydrophobic epitope mainly dened by residues within
the S100A1 hinge region and COOH-terminal extension
(Figure 2) [7]. Because most actions of S100A1 apparently
rely on transition to its Ca2+-activated state, it is important
to note that recent studies provided first evidence for
redox-dependent posttranslational control of S100A1’s Ca2+

sensitivity. NO-dependent S-glutathionylation of a single
cysteine residue within the hydrophobic COOH terminus
eventually facilitated binding of Ca2+ at nanomolar con-
centrations reflecting diastolic Ca2+ levels in cardiomyocytes
[25, 26]. The only S-nitrosylation site of S100A1 is its
unique Cys-85 residue. Recent studies indicate that under
physiological conditions the ability of S100A1 protein to act
as a calcium receptor can be turned on by glutathionylation
(cysteinylation) of its Cys85 residue and off by reduction of
the mixed disulfide S100A1–glutathione (S100A1–cysteine)
species. To our knowledge no studies in cardiomyocytes exist
which investigate the basal redox state of S100A1. However
preliminary data indicate that the addition of reducing
agents to the cardiomyocytes abolished the inotropic effects
of S100A1 in vitro (M. Volkers, unpublished data).

Redox and NO-related posttranslational modification of
single cysteine residue might therefore enable S100A1 to
sense spatially defined short-term as well as long-term global
Ca2+ oscillations in cardiac cells over a broad concentration
range enabling its interaction with target proteins such as
RyR and SERCA. However, the impact of altered redox

conditions and NO homeostasis on S100A1 actions in
myocardium has not yet been tested.

4. Molecular Targets and Physiological
Functions in Cardiac Myocytes

4.1. Lesson from Genetically Altered Miced. Gain- and loss-
in-function studies comprehensively characterized S100A1
as a unique molecular inotrope in vivo and ex vivo.
Increasing S100A1 protein levels in isolated adult and
neonatal cardiomyocytes enhanced both their systolic and
diastolic performance through modulation of cellular Ca2+

handling and myofilament function [17, 19, 20, 24, 27].
Cardiac-specific overexpression of S100A1 in mice displayed
a phenotype of chronically heightened cardiac performance
without detrimental effects on survival or development of
cardiac hypertrophy [19]. The S100A1-mediated increase
in cardiac performance is independent of beta-adrenergic
stimulation and is even preserved under stimulation with
catecholamines. Expression analysis yielded that S100A1-
mediated inotropic effects are neither the result of altered
abundance of SR and sarcolemmmal Ca2+ regulators, respec-
tively, nor that they depend on β-AR signalling [2, 15, 17–19,
21, 28–35]. To our knowledge, the apparent independence
of S100A1 inotropic actions from the β-AR signalling
pathway is a unique feature of the Ca2+ sensing protein and
of particular importance in cardiovascular physiology and
therapy.

In line with cardiac specific overexpression of S100A1
in transgenic mice, viral-based overexpression of S100A1 in
rabbit and rat hearts and isolated cardiomyocytes recapit-
ulated the hypercontractile phenotype based on enhanced
Ca2+ cycling but independent, and additive to beta-AR
signalling [15, 17, 18, 33, 34]. Therefore, it is interesting
to note that acute or chronic elevated S100A1 proteins
in cardiomyocytes induce sustained cardiac inotropy, with-
out toxic effects to the cardiomyocytes. This is clinically
important because chronic inotropic stimulation of the heart
through activation of the beta-receptors or downstream
effectors such as PKA eventually led to cardiac hypertrophy
and failure.
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Figure 2: The three-dimensional structure of S100A1 as deter-
mined by NMR spectroscopy. (a) S100A1 in the apo state: S100A1
is composed of two identical subunits connected by a linker region
(hinge region). Dimerization occurs in an antiparallel manner. (b)
S100A1 in the Ca2+ bound state: Ca2+ binding to both the N- and
C-terminal motif results in an altered orientation of H3/4 and the
hinge region uncovering hydrophobic residues for the interaction
with target molecules. S100A1 residues 75–94 are indicated by the
red box. Reproduced with modifications from Wright et al. [7].

In contrast, heterozygous and homozygous S100A1
knockout (SKO) mice showed unaltered in vivo baseline
cardiac function and heart rate, but displayed deficiencies
in their contractile function in response to β-AR stimulation
and enhanced transsarcolemmal Ca2+ influx [36].

This is interesting to note because heterozygous SKO
hearts, with only 50% of S100A1 protein levels found
in wild-type hearts, exhibit the same acute defects than
homozygous SKO hearts with complete lack of S100A1
expression. Thus >50% of normal left-ventricular S100A1
protein levels are apparently required for cardiac adaptation
to acute hemodynamic stress. Of note, loss of β-AR-
dependent inotropy in SKO mice occurs despite regular β-
AR signaling ranging from unaltered β-AR density to proper
PKA-dependent target phosphorylation, thereby indicating
that β-AR-mediated positive inotropy essentially relies on
normal S100A1 protein levels in the heart.

Additional exploration of isolated S100A1 knock-out
cardiomyocytes revealed blunted Ca2+ transients in response

to sympathetic stimulation and increased extracellular
[Ca2+] [31]. This is mainly mediated by a decreased Ca2+

release (and reduced SR Ca2+ load). Similar results were
obtained in neonatal ventricular cardiomyocytes, with a
S100A1 protein knockdown to 20–30% of control protein
levels [22].

Thus defective mobilization of Ca2+ from intracel-
lular stores might provide a reasonable mechanism for
the impaired inotropic reserve in S100A1-deficient and -
depleted cardiomyocytes. In line with this, murine S100A1
knock out ventricular cardiomyocytes have enhanced l-type
Ca2+ current [ICa,L] (Most P, unpublished data), which
indicates that desensitized Ca2+ induced Ca2+ release (CICR)
under basal conditions might be compensated by increased
[ICa,L].

4.2. Molecular Targets: Sarcoplasmic Reticulum in Car-
diac Myocytes. Studies focused on mechanisms underlying
S100A1 inotropic actions provided evidence that S100A1
targets SR but not transsarcolemmal Ca2+ fluxes in ventric-
ular cardiomyocytes. Several studies identified the impact of
S100A1 on intracellular Ca2+ homeostasis and consistently
found that S100A1 increases systolic and diastolic perfor-
mance through an enhanced Ca2+ induced Ca2+ release
and augmented SR Ca2+ reuptake [17–19, 21, 27, 31]. At
the subcellular level, endogenous S100A1 displays a striated
like pattern in ventricular cardiac myocytes and is found
at the junctional and longitudinal sarcoplasmic reticulum.
Accordingly, S100A1 was found to colocalize and interact
with SERCA2 and RyR2 in a Ca2+-dependent manner in
human, mouse and rat myocardium.

In line with Ca2+-dependent conformational changes,
binding studies identified the S100A1 COOH terminus
(S100A1ct) as the critical structure for the interaction with
the SERCA-PLB complex [18]. Functional analysis in isolated
SR vesicles and intact cardiomyocytes showed that S100A1
apparently stimulated SERCA2 activity resulting in increased
SR Ca2+ reuptake and enhanced SR Ca2+ load. In isolated SR
vesicles a similar increase in SERCA activity was obtained
with S100A1ct consisting of the c-terminal amino acid
residues 75–94, which indicates the crucial role of helix IV
for the Ca2+ dependent functions of S100A1[18].

The underlying molecular mechanism has not been
explored yet, but it is important to note that neither S100A1
nor S100A1ct affects PLB phosphorylation at serine 16 or
threonine 17 sites, suggesting that neither PKA nor CaMKII
are involved in S100A1-mediated SERCA2 regulation. This
might also indicate that S100A1 does not limit access of these
kinases to their specific phosphorylation sites [17].

S100A1 binding to the RyR also seems to be Ca2+-
dependent since mapping studies also identified S100A1ct
as the critical S100A1 epitope for its RyR2 interaction [27].
Recent studies found that S100A1 can bind to the calmodulin
(CaM) binding domain in the cytoplasmic portion of skeletal
ryanodine receptor isoform (RyR1), which is highly con-
served between RyR1 and RyR2 [37, 38]. S100A1 modulates
both diastolic and systolic RyR2 functions and thereby alters
frequency and characteristics of elementary SR Ca2+ events
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(Ca2+ sparks) and Ca2+ induced SR Ca2+ release, respectively.
At nanomolar free Ca2+ concentrations, S100A1 decreased
3H-ryanodine binding to the SR Ca2+ release channel, sug-
gesting an inhibitory effect on RyR2 opening under diastolic
conditions [18, 20]. In line with this, S100A1 interaction
with RyR2 even at diastolic Ca2+ concentration [150 nM]
decreased Ca2+ spark frequency and diastolic SR Ca2+ leak
in quiescent rabbit cardiac myocytes and cardiac SR vesicle
preparations, which indicates that S100A1 can improve
RyR2 closure during cardiomyocyte relaxation [27]. In
contrast, at micromolar systolic Ca2+ concentrations S100A1
provoked increased 3H-ryanodine binding in isolated SR
vesicles [18]. Accordingly, a recent study confirmed that
S100A1 increased fractional Ca2+release of the SR in voltage-
clamped rabbit cardiomyocytes, suggesting that S100A1 can
improve excitation-contraction coupling gain in cardiac
myocytes under systolic conditions [20]. Taken together,
these data support the hypothesis that S100A1 promotes
RyR2 closure during diastole but can augment systolic RyR2.
The differential effects predict more than only one binding
site at the RyR2 and this notion is further supported by
recent mapping studies. At least three different S100A1
binding domains have been identified with different binding
affinities within the cytoplasmic portion of the RyR [39].
Further functional analyses confirmed that of S100A1 actions
on diastolic RyR2 function neither changed FKBP12.6 not
sorcin stoichiometry with the RyR2 channel [27]. Therefore
it is attractive to hypothesize that both inhibitory and
stimulatory bindings sites for S100A1 might coexist at the
RyR2, which eventually account for physiological normal
diastolic and systolic performance of the SR Ca2+ release
channel. Moreover, given the redox sensitivity of the RyR,
NO-dependent posttranslational modifications of S100A1
might contribute to the actions on the SR release channel,
that is, through transfers of NO moieties. In summary, the
precise mechanism underlying S100A1-mediated regulation
of RyR2 remains to be determined, but evidence points
toward a biphasic modulation of RyR2 activity.

Interestingly, it has been shown that S100A1 neither
altered L-type Ca2+ current nor sodium-calcium exchanger
(NCX) reverse or forward mode in adult ventricular car-
diomyocytes [27] and similar results were found for intra-
cellular S100A1 in neonatal ventricular cardiac myocytes
[21]. These results further support the notion that enhanced
cardiomyocyte S100A1 proteins do not evoke cardiac hyper-
trophy, because the S100A1 Ca2+ sensor does not seem to
enhance subsarcolemmal Ca2+ fluxes participating in Ca2+

dependent hypertrophic cardiac growth [19, 31].

4.2.1. Molecular Targets: Sarcomere. Inotropic actions of
S100A1 are apparently not restricted to the SR, because
S100A1 has been shown to regulate both myofilament
Ca2+ sensitivity and diastolic compliance. S100A1 has been
detected at different sites within the cardiac sarcomere,
suggesting a possible role in myofilament function [23, 24,
40–42]. S100A1 has been detected at the Z-line, at the
periphery of the M-lines as well as within I- and A-bands.
In the I-band, Ca2+-dependent interaction with the PEVK

subdomain of titin has been shown to result in improved
sarcomeric compliance [23, 24]. It remains to be established
if the binding partner in the A-band is also titin or another
thick-filament protein. Granzier and colleagues hypothesized
if S100A1 does bind titin in the A-band, the location of the
binding sites suggests interaction with titin’s super-repeat
domains.

Based on their results, Granzier and colleagues hypothe-
sized that S100A1 inhibition of titin-actin interaction might
result in reduced precontractile titin-based passive tension.
In addition, it has been shown that S100A1 can reduce
myofilament Ca2+ sensitivity without affecting maximal
force development and PKA- and PKC-dependent troponin
I phosphorylation. As a result, S100A1 might facilitate dias-
tolic Ca2+ dissociation from myofilaments thereby improv-
ing cardiac relaxation by an additional, SR-independent
mechanism. At present, it is unknown whether S100A1 has
additional sarcomeric targets warranting further studies to
determine the functional role of S100A1 location at Z-disc
adjacent protein structures.

4.2.2. Molecular Targets: Additional Targets-Mitochondria.
Böerries et al. provided first evidence that S100A1 is
found in cardiac mitochondria by immunofluorescence and
immunoelectron microscopy. In the mitochondria S100A1
interacts with the F1-ATPase in a Ca dependent manner [22].
This resulted in enhanced activity of the ATP generation. The
same study identified the adenine nucleotide translocator
(ANT) as a mitochondrial S100A1 target. This suggests that
interaction of S100A1 with ANT might influence the ADP
and ATP exchange between the mitochondria and the cyto-
plasm. This might also be involved in the regulation of car-
diac apoptosis, as another study yielded antiapoptotic effects
of S100A1 in isolated neonatal rat ventricular myocytes
[28]. In line with this, decreased S100A1 protein levels
resulted in a reciprocal energetic phenotype with decreased
ATP-levels and enhanced cardiomyocyte apoptosis. These
findings support a crucial role for S100A1 in cardiac energy
homeostasis [22]. Additional studies are underway to clarify
the impact of S100A1 on the interplay between the SR and
mitochondria.

4.3. Cardiomyocyte Ca2+ Handling and Contractile Perfor-
mance. S100A1 plays an important role in cardiac myocytes
Ca2+ cycling and contractile performance. Based on the
molecular targets, numerous studies have shown that the
overall effect of increased S100A1 protein levels can increase
intracellular Ca2+ cycling, SR Ca2+ load, and contractile
performance in field-stimulated mice, rat, and rabbit ventric-
ular myocytes. These changes in cardiomyocyte performance
most likely reflect altered function of S100A1 molecular
targets as discussed above. Given the fact that S100A1
enhances both SERCA2 activity and diastolic RyR2 diastole,
combined actions most likely contribute to enhanced SR
Ca2+ load and accelerated cardiomyocyte relaxation. In addi-
tion, improved myofilament Ca2+ dissociation in concert
with reduced presystolic passive tension might contribute to
improved diastolic function. In systole, increased SR Ca2+
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load, in concert with enhanced systolic RyR2 opening even-
tually represents a powerful mechanism by which S100A1
can augment systolic Ca2+ transients and cardiac contractile
performance (Figure 3).

In summary, several important conclusions and hypothe-
ses can be drawn from these results: first S100A1 is a molecu-
lar inotrope in cardiomyocytes exerting a PKA-independent
enhancement of cardiac Ca2+ cycling thereby acting beyond
and independently of cAMP-dependent signaling. Secondly,
S100A1 specifically targets SR Ca2+ fluxes, improving both
systolic SR Ca2+ release capability (enhances systolic RyR2
activity) and diastolic SR Ca2+ storage capability (decreases
diastolic RyR2 open probability and enhances SERCA2a
activity. The synchronous enhancement of SERCA2a activity
and decreased RyR2 activity in diastole is a hitherto unique
and potentially synergistic molecular mechanism which
amplifies its inotropic actions but might help to prevent
Ca2+-triggered arrhythmias; finally, S100A1 modulation of
cardiac titin function might adapt cardiac passive tension
and sarcomeric Ca2+ sensitivity to improved Ca2+ cycling,
thereby facilitating diastolic cardiac performance. Finally,
S100A1 mitochondrial actions might reflect a mechanism
to couple Ca2+-dependent energetic demand with mito-
chondrial energy production. Figure 3 provides a scheme to
illustrate the molecular mechanism of S100A1 in a normal
cardiomyocyte.

4.4. Skeletal Muscle Ca2+ Handling. Skeletal muscle expresses
S100A1 at lower levels than cardiac muscle [30]. However,
numerous studies have demonstrated an important role of
S100A1 in skeletal muscle EC-coupling [30, 37, 38, 43–45].
S100A1 binds to RyR1 and potentiates its open probabil-
ity, which might be regulated by three identified S100A1
binding sites at the RyR1 [39]. Interestingly, one of the
binding site overlaps with a Ca2+-dependent CaM binding
domain. In saponin skinned muscle fibers, addition of
recombinant S100A1 protein enhanced SR Ca2+ release and
isometric force development in a dose-dependent manner
both in fast- and slow-twitch skeletal muscle fibers [30] and
maximal effects were seen at nanomolar S100A1 protein
concentrations. However, S100A1 neither activated RyR1 in
its closed state nor initiated SR Ca2+ release at diastolic
Ca2+ concentrations in the presence of physiologic Mg2+

concentrations. In contrast to cardiac myocytes, S100A1
neither enhanced SR Ca2+ load nor altered Ca2+ sensitivity of
skeletal muscle myofilaments indicating that S100A1 action
in skeletal muscle might be limited to SR Ca2+ release sites
and eventually mitochondria [30].

In S100A1 deficient skeletal muscle fibers Wright et al.
most recently found that voltage-induced SR Ca2+ release
is decreased resulting in diminished global Ca2+ transients
and contractile force development [37]. The same study
revealed that viral-based S100A1 gene delivery can rescue the
phenotype providing ultimate evidence for the hypothesis
that S100A1 plays a significant physiological role in skeletal
muscle EC-coupling. At a molecular level, the authors
further showed that S100A1 and CaM can compete for the
same binding site at the RyR1 in a Ca2+-dependent manner

and identified RyR1 residues 3416–3427 as the putative
common binding domain [38].

Interestingly, this interaction involves the hydrophobic
pocket of S100A1, which is exposed in its Ca2+ activated state.
At this point it is interesting to note that the S100A1/RyR1
binding domain is involved in the intersubunit interactions
of the RyR1 as well as close in space to distal parts of
the channel, so that the authors developed a model where
S100A1 proteins might be involved in linking one or two
subunits of the RyR tetramer. Recently another interesting
study by the same group showed that decreased SR Ca2+

release in S100A1 KO fibres is responsible for the suppression
of the temporally delayed component of intramembrane
charge movement, Qgamma, which might operate as an
indicator of optimized local Ca2+ release at the triad junction
in skeletal muscle [44, 45]. In regard of the previously
discussed importance of S100A1 in cardiac muscle, it is
tempting to speculate that S100A1 plays a key role in skeletal
muscle physiology.

Taken together, these data indicate that S100A1 plays
a significant role in skeletal muscle EC coupling through
modulation of RyR1 function, but not through modulation
of SR Ca2+ load. Further studies are necessary to determine
the impact of S100A1 in skeletal muscle disease to determine
the pathophysiological role a therapeutic potential of S100A1
in skeletal muscle disorders like congential myopathies.

5. S100A1 in Diseased Myocardium

The discovery of altered S100A1 protein abundance in
failing human myocardium finally raised the question
for a therapeutic potential of S100A1 since progressively
diminished S100A1 mRNA and protein levels characterize
failing human myocardium [46]. A recent proof of concept
study employing both cardiac S100A1 transgenic and knock-
out mouse models has provided evidence that diminished
S100A1 protein levels critically contribute to progressive
contractile dysfunction in postischemic heart failure (HF)
and death [31]. The same study indicated that preserved
cardiomyocyte S100A1 protein levels could actually prevent
development of postischemic HF and cardiac death. In line
with S100A1 molecular actions in isolated cardiomyocytes,
remote myocardium from infarcted S100A1-overexpressing
hearts showed preserved SR Ca2+ handling while S100A1
deficiency resulted in abnormal SR Ca2+ content and fluxes.
In addition, S100A1 knock-out mice subjected to transaortic
constriction showed accelerated deterioration of cardiac
performance and transition to heart failure [36]. Therefore,
normal S100A1 cardiac expression levels appear to be
essential to cope with increased workload due to ischemic
loss of myocardium or chronically elevated afterload.

Abnormal cardiomyocyte S100A1 protein levels have
further been recapitulated in vitro by chronic stimulation
with different hypertrophic stimuli like phenylephrine and
endothelin-1 [31]. In light of the low abundance of S100A1 in
neonatal and developing hearts, downregulation of S100A1
in the course of cardiac hypertrophy could therefore be
considered as a part of fetal gene reprogramming.
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Figure 3: Proposed model for S100A1 inotropic actions in cardiomyocytes. (a) During excitation-contraction coupling, the action potential-
dependent opening of the L-type Ca2+ channel (LTCC) results in a transsarcolemmal Ca2+ entry which triggers sarcoplasmic reticulum (SR)
Ca2+ release via Ryanodine Receptor 2 (RyR2) that in turn activates myofilament cross-bridge cycling and mechanical contraction. During
diastole, the SR Ca2+ reuptake is conducted by the SR Ca2+ ATPase (SERCA), whereas the sodium-calcium exchanger (NCX) extrudes Ca2+

from the cardiomyocyte to keep steady-state conditions. (b) S100A1 interacts with both RyR2 and the SERCA-Phospholamban (PLB)-
complex and is present at myofilaments and mitochondria. Increased S100A1 protein levels result in an enhanced systolic SR Ca2+ release via
RyR2 without influencing LTCC activity. Augmented SR Ca2+ release is balanced by an intensified SERCA activity leading to an improved
Ca2+ cycling and a raised force generation. Additionally, the S100A1/F1-ATPase interference in mitochondria is associated with an enhanced
generation of cytoplasmic ATP in cardiomyocytes. Moreover, S100A1 inhibits the actin-titin interactions in the sarcomere, resulting in a
reduced precontractile passive tension [24].
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The binding of S100A1 to the sarcomere could contribute
to an altered diastolic function in diseased myocardium.
Reduced binding of S100A1 to titin in this context could
theoretically contribute to an increased precontractile titin-
based passive tension. Interestingly, the myofilament relax-
ation seems to be dependent on the intracellular ATP-balance
[47]. Because S100A1 deficiency reduced intracellular ATP-
levels in cardiac myocytes (see above), it is tempting to
speculate that lower ATP-levels due to S100A1 deficiency
contribute to impaired diastolic function in cardiac disease.
Moreover, it has been shown that S100A1 affects micro-
tubules stability in the presence of Ca2+ [48]. Given the
fact that recent work has shown that microtubules increase
viscosity in cardiac hypertrophy and heart failure [49],
further studies are needed to clarify the impact of altered
S100A1 protein expression on diastolic function in cardiac
diseases.

6. Therapeutic Implications and
Clinical Perspectives

Owing to the pathophysiological relevance of altered S100A1
expression in cardiac disease and therapeutics effectiveness
in clinically relevant experimental acute and chronic HF
animal models, S100A1 might be considered as a future
prototype of a novel class of Ca2+-dependent inotropes.
Intracoronary S100A1 adenoviral and adeno-associated viral
gene delivery restored abnormal S100A1 expression in failing
hearts thereby improving cardiac performance and reversing
cardiac hypertrophy in vivo [15, 18, 32, 33]. So far, both
RyR2 and SERCA have been considered as major therapeutic
S100A1 targets in failing myocardium given normalization
of dysfunctional Ca2+ cycling via restored SR Ca2+ content,
improved systolic SR Ca2+ release, as well as decreased
diastolic SR Ca2+ leakage. Because S100A1 augments both
SR Ca2+ load and fractional SR Ca2+ release, it is tempting
to speculate that S100A1 promotes inotropic SR Ca2+

handling but potentially limits Ca2+ triggered arrhythmias
by stabilizing the RyR2 during diastole. This notion is based
on the observation that S100A1 gene delivery to normal
and failing cardiomyocytes can prevent β-AR triggered
proarrhythmic SR Ca2+ leak and diastolic Ca2+ waves.
Accordingly, S100A1 knock-out mice display enhanced
proarrhythmic susceptibility in response to sympathetic
stimulation [50] and prevention of this effect might actually
contribute to improved postMI survival in S100A1 trans-
genic mice [51]. These findings might further substantiate
the clinical relevance of S100A1-mediated regulation of SR
Ca2+ handling through balanced modulation both of RyR2
and SERCA2. Moreover, S100A1 gene delivery in diseased
myocardium exerts robust antihypertrophic effects in vivo
and prevents progressive left ventrical chamber dilatation,
potentially reflecting abrogated wall stress and interrupted
sympathetic overdrive. Finally, S100A1 gene therapy also
restored defective energy and sodium homeostasis which are
closely linked to Ca2+ handling abnormalities [18] clearly
warranting father investigation of the underlying molecular
mechanisms.

From a clinical point of view, it is important to point
out that viral-based S100A1 gene therapy has proven its
therapeutic effectiveness both in an experimental postis-
chemic large-animal HF model [52] and human failing ven-
tricular cardiomyocytes (Most P, unpublished observation).
Retroinfusion-facilitated delivery of AAV9-S100A1 gene via
the anterior coronary vein 2 weeks postMI restored left ven-
tricular performance and prevented transition to contractile
failure as seen in control groups. In line with sustained
improvement of cardiac performance, S100A1 gene therapy
reversed cardiac remodeling and sympathetic overdrive [52].
Moreover, another proof of concept study provided evidence
that S100A1 gene therapy normalized abnormal contractility
and SR Ca2+ handling in failing human cardiomyocytes
and restored a positive force-frequency response in these
cells (Most P, unpublished observations). These translational
studies might actually pave the way for novel S100A1-based
clinical therapies including S100A1 gene therapy of human
HF. However before S100A1 HF gene therapy can become
a clinical reality, careful evaluation of its safety profile
as well as effects on cardiac energetics, arrhythmias and
compatibility with established pharmacological therapies
needs to be conducted in large-animal models. Importantly,
a recent study actually provided first evidence that S100A1
gene therapy neither interferes with sympathetic stimulation
nor β-blocker treatment [32].

7. Summary

To improve human health, scientific discoveries must be
translated into practical applications. Such discoveries typ-
ically begin with clinical observations further requiring basic
research at “the bench” to uncover molecular mechanisms
and proof of pathophysiological relevance before progressing
to the clinical level, or the patient’s “bedside.” The clinical
discovery of altered S100A1 protein abundance in failing
human myocardium [46] ignited a challenging search for
its pathophysiological relevance and potential therapeutic
impact. Now, almost a decade later, ample evidence indi-
cates that S100A1 functions as a Ca2+-dependent molec-
ular inotrope in cardiomyocytes with unique therapeutic
properties. S100A1 targets several key regulators of SR,
myofilament, and mitochondrial function thereby enhancing
cardiomyocyte performance. In addition, several lines of
evidence indicates that S100A1 plays a significant role in
skeletal muscle function but its pathophysiological relevance
and therapeutic potential in skeletal muscle disorders have
not been fully explored yet. Dysregulation of cardiomyocyte
S100A1 protein expression, however, accelerates develop-
ment of cardiac hypertrophy, progression towards HF and
cardiac death. Translational studies provided evidence for
long-term rescue of cardiac performance and reversed
remodeling in several small and large HF animal models.
Importantly, S100A1 therapeutic actions extend to human
failing myocardium showing restored contractile perfor-
mance based on improved SR Ca2+ handling in S100A1-
treated human failing cardiomyocytes [17]. Due to these
findings, S100A1-based HF therapies further progress to
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the clinical level moving forward towards first clinical safety
trials. One could therefore speculate that S100A1 gene
therapy might be applicable both to acute and chronic
cardiac dysfunction potentially benefiting patients with acute
cardiac decompensation as chronic HF. In theory, S100A1
gene therapy for HF may offer a promising and novel mode
of action that will not only promote beneficial cardiomyocyte
EC Ca2+ handling but also potentially limit arrhythmias
through stabilization of RyR and decrease in diastolic Ca2+

leak. Moreover, the impact of S100A1 on the sarcomere and
the mitochondria function completes the unique therapeutic
potential of S100A1.

However, development of S100A1-based therapeutic will
presumably not replace currently established drug regimens
but rather complement and add on to these therapeutic
strategies. Nevertheless, S100A1 might facilitate a clinical
revival of inotropic therapeutic interventions by targeting
defective Ca2+ cycling and providing future cardiologists
with a novel weapon to combat heart failure.
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Myosin binding protein C (MyBP-C) consists of a family of thick filament associated proteins. Three isoforms of MyBP-C exist
in striated muscles: cardiac, slow skeletal, and fast skeletal. To date, most studies have focused on the cardiac form, due to its
direct involvement in the development of hypertrophic cardiomyopathy. Here we focus on the slow skeletal form, discuss past
and current literature, and present evidence to support that: (i) MyBP-C slow comprises a subfamily of four proteins, resulting
from complex alternative shuffling of the single MyBP-C slow gene, (ii) the four MyBP-C slow isoforms are expressed in variable
amounts in different skeletal muscles, (iii) at least one MyBP-C slow isoform is preferentially found at the periphery of M-bands
and (iv) the MyBP-C slow subfamily may play important roles in the assembly and stabilization of sarcomeric M- and A-bands
and regulate the contractile properties of the actomyosin filaments.

1. Introduction

Myofibrils, the workhorses of skeletal muscle, consist of
interdigitating thick and thin filaments, and their associated
membrane systems [1]. Muscle contraction and relaxation is
mediated by the sliding of thick myosin filaments past thin
actin filaments, under the strict regulation of Ca2+ release
and reuptake via the sarcoplasmic reticulum (SR) [2]. In
addition to housing the basic thick and thin filaments, the
sarcomere also contains several accessory proteins that are
involved in the assembly, maintenance, and regulation of
contractile activity [1]. Myosin Binding Protein-C (MyBP-
C) comprises a family of accessory proteins that contributes
to the assembly and stabilization of thick filaments, and
regulates the formation of cross-bridges between myosin and
actin by interacting directly with both filamentous systems
(as reviewed in [3]).

MyBP-C was originally identified from mammalian
skeletal muscle as an impurity of isolated myosin. Using SDS-
polyacrylamide gel electrophoresis (SDS-PAGE), Star and
Offer were the first to separate a number of unidentified
myosin-associated proteins that were consistently found in
preparations of purified myosin [4]. MyBP-C, originally

termed C-protein for its location on SDS-PAGE as band
C, was further characterized as a myosin binding protein
of ∼140 kDa using a combination of biochemical methods,
ranging from gel filtration, to ammonium sulfate fraction-
ation and single molecule electron microscopy [4–6]. The
location of MyBP-C at striped intervals within the C-zone
of the A-band of skeletal muscle was first observed with X-
ray diffraction and immunoelectron microscopy [7], further
supporting its association with the thick myosin filaments.
Subsequent studies revealed that MyBP-C is arranged along
the length of the A-band in 7–9 transverse stripes that are
∼43 nm apart, with ∼2–4 molecules of MyBP-C associating
with each myosin cross-bridge [8–11].

The family of MyBP-C contains three isoforms: cardiac,
slow skeletal, and fast skeletal, which are encoded by separate
genes; in humans, these map to chromosomes 11, 12,
and 19, respectively [12, 13]. The different isoforms have
been cloned and sequenced from various species, including
human, chicken, rabbit and mouse, allowing a thorough
comparison of their molecular composition and primary
sequence [13–16]. An ∼65% identity is shared among the
individual isoforms across species, while an∼50% homology
is shared among the human cardiac, slow and fast forms.
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The core structure of MyBP-C is composed of seven
immunoglobulin (Ig) domains and three fibronectin type
III (Fn-III) repeats, numbered from the NH2-terminus as
C1–C10 [17]. The C1 domain is flanked by two unique
motifs, one enriched in proline and alanine residues, termed
proline/alanine rich motif and a conserved linker, referred
to as MyBP-C motif. Notably, the cardiac isoform possesses
three additional features, which are absent from the skeletal
forms of the protein. These include an Ig domain at
the extreme NH2-terminus of the molecule, termed C0, a
unique 9-residues long insertion within the MyBP-C motif
containing phosphorylation sites necessary for the protein’s
regulatory role in contraction, and a 28-amino acids long
loop in the middle of the C5 domain [12, 16].

In mammals, cardiac MyBP-C is expressed early in
development, along with titin and myosin [18, 19]. The
skeletal isoforms of MyBP-C, however, are detected later
in development, after the expression of titin and myosin,
with the expression of slow MyBP-C preceding that of fast
[18, 20]. By contrast, in chicken skeletal muscles the slow
and fast isoforms appear concurrently at the end of late
embryogenesis [21]. As development proceeds, though, the
amounts of the slow form diminish, while the expression
of the fast form persists through adulthood [21]. The fast
and slow skeletal isoforms have been shown to coexpress
in the same muscle type and can even coexist in the same
sarcomere; expression of the cardiac isoform, however, is
restricted to the developing and mature heart [15, 18, 22–24].
Interestingly, a recent study demonstrated that the expression
of MyBP-C slow is not restricted to skeletal muscle but is also
evidenced in the right atrium and interatrial septum of adult
mammalian cardiac muscle [25].

To date, much of our knowledge on the molecular
properties and functional activities of MyBP-C originates
from the numerous studies that focus on the cardiac isoform.
The reader is referred to excellent reviews discussing the
structure of cardiac MyBP-C, its key roles in maintaining
the normal structure of thick filaments and regulating cross-
bridge cycling, and its involvement in the development of
hypertrophic cardiomyopathy [3, 26, 27]. Here, we will focus
on the slow form(s) of MyBP-C found in skeletal muscles. We
will review past and current literature, discuss its role in the
organization and stabilization of thick filaments, and provide
evidence that MyBP-C slow comprises a subfamily of four
alternatively spliced proteins that are expressed in variable
amounts in slow and fast twitch skeletal muscles.

2. Materials and Methods

2.1. Reverse Transcription-Polymerase Chain Reaction. Total
RNA was isolated with Trizol reagent (Invitrogen, Carls-
bad, CA) from P1 rat skeletal myotubes cultured for
seven days and from adult rat extensor digitorum longus
(EDL), flexor digitorum brevis (FDB), tibialis anterior (TA),
gastrocnemius (gastroc), quadriceps (quad), and soleus
muscles. Aliquots containing ∼5 μg of RNA were reverse
transcribed using the Superscript First Strand Synthesis
System for RT-PCR (Invitrogen, Carlsbad, CA) following the

manufacturer’s instructions. PCR amplification of MyBP-
C slow transcripts was performed with primer sets that
flanked each of the three insertions; for the NH2-terminal
insert: Forward-1 (F1): 5′ CCAGAACCCACTAAGAAAG 3′

and Reverse-1 (R1): 5′ GATCCTCGAGGTGCACTT CAA-
GATCAA 3′, for the insert within Ig7: Forward-2 (F2):
5′ GATCGAATTCAGCCC TCCTACTCTT 3′ and Reverse-
2 (R2): 5′ GATCCTCGAGGGGCTCGCTGGCACCA 3′ and
for the COOH-terminal insert: Forward-3 (F3): 5′ CACC-
CATGTTTACTCAACCCT 3′ and Reverse-3 (R-3) 5′ GTGA-
CAATATACATTGAA 3′. To amplify the COOH-terminal
insert from EDL and TA muscles, it was necessary to
reamplify 0.5 μL of the original PCR for an additional 30
cycles for a total of 80 cycles. All other PCRs were carried out
for 50 cycles. PCR products were analyzed by electrophoresis
in 1% agarose gels and their authenticity was verified by
sequence analysis.

2.2. Generation of Protein Lysates from P1 Myotubes and Adult
Rat Muscle. Homogenates of P1 myotubes cultured for seven
days as well as of EDL, FDB, TA, gastrocnemious, quadriceps
and soleus muscles of adult Sprague-Dawley rats (Zivic-
Miller Laboratories, Zelienople, PA) were prepared at RT
with a Brinkman Polytron homogenizer at setting 3 (VWR,
West Chester, PA) in 10 mM NaPO4, pH 7.2, 2 mM EDTA,
10 mM NaN3, 120 mM NaCl, 0.5% deoxycholate, 0.5% NP-
40, supplemented with Complete protease inhibitors (Roche,
Indianapolis, IN). Each sample (∼60 μg) was solubilized in
4xNuPAGE reducing sample buffer (Invitrogen, Carlsbad,
CA) at 90◦C for 5 minutes, fractionated by 4–12% SDS-
PAGE BisTris gel using MES running buffer (Invitrogen,
Carlsbad, CA), transferred to nitrocellulose and probed with
an antibody that recognizes the slow forms of MyBP-C
(300 ng/mL, Abnova) or with an antibody that specifically
recognizes the COOH-terminal insert [28]. After incubation
with the appropriate secondary antibodies, immunoreactive
bands were visualized with a chemiluminescence detection
kit (Tropix, Bedford, MA).

2.3. Immuno-Electron Microscopy. Immuno-electron mi-
croscopy was performed as previously described with minor
modifications [29, 30]. Briefly, adult mouse FDB skeletal
muscle was fixed both in situ, via whole animal perfusion-
fixation and ex vivo with 2% paraformaldehyde in PBS.
Samples were snap-frozen in a slush of liquid N2, cryosec-
tioned (∼20 μm thick), and incubated overnight at 4◦C
with the antibody that specifically recognizes the COOH-
terminal insert of MyBP-C slow. Samples were incubated
with secondary goat antirabbit IgG adsorbed on 1 nm
gold particles (Nanoprobes Incorporated; Yaphank, NY)
and subsequently with fluorescein-conjugated antigoat IgG
(Jackson ImmunoResearch Laboratories Inc., West Grove,
PA). Samples were enhanced with silver (HiQ Silver Kit,
Nanoprobes) for 5 minutes, fixed overnight at 4◦C in
2% gluteraldehyde and 5 mg/mL tannic acid in 0.2 M
cacodylate buffer and postfixed with 50 mM acetate buffer
1% osmium tetroxide. They were further stained en bloc
for 2 hours with 1% uranyl acetate in 65% ethanol,
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dehydrated, and embedded in araldite (Electron Microscopy
Sciences, Fort Washington, PA). Ultrathin (60–90 nm) sec-
tions were prepared with an MT5000 ultramicrotome (LKB
instruments Inc., Gaithersburg, MD), mounted on grids,
labeled with 1% uranyl acetate followed by Reynolds lead
citrate, and examined with a Philips-201 electron micro-
scope.

3. Results and Discussion

3.1. MyBP-C Slow: A Subfamily of Proteins. To date, four
different MyBP-C slow transcripts have been identified in
human skeletal muscle referred to as variants 1–4 (Figure 1;
accession numbers NM 002465, NM 206819, NM 206820,
and NM 206821, respectively). The four variants differ from
one another at three regions, due to alternative splicing
events that result in inclusion of exons 3 and 4 in the
proline/alanine-rich motif, exon 23 in the Ig7 domain and
exon 31 at the extreme COOH-terminus (Figure 1(a)); these
encode novel sequences of 25 (Figure 1(b)), 18 (Figure 1(c)),
and 26 (Figure 1(d)) amino acids, respectively. Analysis of
the primary sequence of the four MyBP-C slow variants
indicated that variants 1 and 2 contain the NH2-terminal
insertion located in the proline/alanine rich motif, variant 3
carries the insertion within domain Ig7, while variant 1 also
contains the unique COOH-terminal region (Figure 1(a)).
Notably, variant 3 is the prototypical human isoform of
MyBP-C slow that was characterized by Furst and colleagues
in 1992 [14].

To study the relative expression of the four MyBP-C
slow transcripts in different rat skeletal muscles, we used
RT-PCR analysis to amplify the unique regions described
above. To this end, we prepared cDNAs from a panel of adult
and developing rat skeletal muscles that contained distinct
compositions of slow and fast twitch skeletal myofibers.
These included extensor digitorum longus (EDL; ∼90 : 10,
fast : slow; [31, 32]), flexor digitorum brevis (FDB; ∼80 : 20,
fast : slow; [33]), tibialis anterior (TA; ∼70 : 30, fast : slow;
[34]), gastrocnemius (gastroc; ∼40 : 60, fast : slow; [35]),
quadriceps (quad; ∼60 : 40, fast : slow; [36]), soleus (20 : 80,
fast : slow, [35]), and hindlimb skeletal myotubes of postnatal
day 1 (P1) rat pups (Figure 2). Primer sets were designed
to flank each of the three novel insertions (Figures 2(a)–
2(c), cartoons in the upper left corner). Amplification of
two PCR products with distinct sizes within each reaction
indicated the presence of a mixed population of transcripts
that contained (larger size product) and lacked (smaller
size product) the respective insertion. On the contrary,
amplification of one PCR product indicated the presence
of a homogeneous population of transcripts that either
included or excluded the corresponding insertion, depending
on its size. Accordingly, PCR products that carry the NH2-
terminal, Ig7 and COOH-terminal inserts would be ∼600,
∼310, and ∼350 nucleotides long, respectively, whereas PCR
products that lack them would be ∼530, ∼260, and ∼290
nucleotides long, respectively.

All skeletal muscles examined, independent of their fiber
type composition, contained sufficient amounts of MyBP-C

slow transcripts to be amplified by conventional RT-PCR.
Figure 2(a) shows the results following amplification of the
NH2-terminal insertion located within the proline/alanine
rich motif. All muscle samples express MyBP-C slow tran-
scripts that include the NH2-terminal insert, albeit to varying
degrees, as seen by the presence of an ∼600 nts amplicon
(Figure 2(a), upper band). This finding suggested that all
muscles tested express variants 1 and/or 2, with EDL, TA,
and soleus containing the highest amounts. Notably, all seven
muscles also contain different amounts of transcripts that
lack the NH2-terminal insert, as shown by the presence
of an ∼530 nts product, indicating that they also express
variants 3 and/or 4, with FDB showing the highest levels
(Figure 2(a), lower band). Contrary to EDL, TA, soleus,
and FDB that appear to preferentially contain MyBP-C
slow variants that either include (EDL, TA and soleus) or
exclude (FDB) the NH2-terminal insert, gastroc, quad, and
P1 myotubes show similar amounts of both amplification
products, suggesting that transcripts possessing and lacking
the NH2-terminal insert may exist in similar levels within
these muscles (Figure 2(a) lanes 4-5 and 7).

Next, we extended our analysis to the second novel
insertion located within Ig7. As before, our primers set was
designed to amplify MyBP-C slow variants that contained or
skipped the Ig7 insert. Only soleus and P1 myotubes possess
transcripts that include the unique insertion within Ig7, as
indicated by the presence of an ∼310 nts band (Figure 2(b),
lanes 6 and 7, upper band), corresponding to variant 3. As
expected, all skeletal muscles tested contained transcripts
that lack the Ig7 insertion, as shown by the amplification
of an ∼260 nts product, representing variants 1, 2 and/or 4.
Thus, variant 3 is restricted to soleus muscle and developing
myotubes.

Last, we generated the appropriate primers to amplify
the region flanking the COOH-terminal insert of MyBP-
C slow. With the exception of quadriceps muscle, all other
muscles tested, contained an amplification product of ∼350
nucleotides, that includes the novel COOH-terminal insert
detected only in variant 1, with soleus and FDB showing the
highest amounts (Figure 2(c), lanes 6 and 2, upper band).
A second amplification product of ∼290 nucleotides was
also detected in all seven muscles, which lacks the unique
COOH-terminal insertion, present in variant 1, but includes
the common COOH-terminal region shared by variants 2, 3,
and 4 (Figure 2(c), lower band).

The RT-PCR data is summarized in Table 1. Taken
together, our results suggest that: (i) mRNA encoding MyBP-
C slow is present in all skeletal muscles examined, regardless
of fiber type composition or age, and (ii) complex alternative
shuffling of the single MyBP-C slow gene in the various
muscles results in the differential expression of the four
MyBP-C slow isoforms.

To correlate the mRNA expression of the transcripts
that contain or lack the three novel insertions, as seen
by the RT-PCR, to the expression of the proteins that
they encode, we used western blot analysis. Homogenates
from EDL, FDB, TA, gastroc, quad, soleus, and P1 skeletal
myotubes were separated on 4–12% gradient gel, which
our laboratory has previously shown to provide optimal
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C1 C2 C3 C4 C5 C6 C7 C8 C9 C10

C1 C2 C3 C4 C5 C6 C7 C8 C9 C10

C1 C2 C3 C4 C5 C6 C7 C8 C9 C10

C1 C2 C3 C4 C5 C6 C7 C8 C9 C10

Variant 1 : 131.7 kDa

Variant 2 : 129.1 kDa

Variant 3 : 128.3 kDa

Variant 4 : 126.5 kDa

(a)

-EEEVSPPSALPPGLGSRALERKDSD-

-GATGAAGAGGAAGTCTCCCCGCCTAGCGCCTTGCCTCCAGGTTTGGGTAGTCGGGCCCTGGAGAGAAAAGATTCA-

NH2-terminal insert

C1

Exon 3 Exon 4

(b)

-STSAKQSDENGEAAYDLPA-

-AGTACATCAGCAAAACAGTCTGATGAAAATGGGGAGGCTGCCTATGATCTGCCAGCT-

Ig7 insert

C7

Exon 23

(c)

-IYQGVNTPGQPVFLEGQQQSLHNKDF-

-GATATATCAAGGAGTAAATACCCCTGGACAACCAGTCTTCCTGGAGGGGCAGCAACAGTCATTGCACAATAAGGATTTT-

COOH-terminal insert

C10

Exon 31 Exon 32

(d)

Figure 1: (a): Schematic representation of MyBP-C slow variants 1–4, showing their common structural motifs and novel insertions; white
and grey ovals represent Ig and FN-III domains, respectively, while green, yellow, and red rectangles correspond to the NH2-terminal, Ig7,
and COOH-terminal inserts, respectively. The NH2-terminal insert is present in variants 1 and 2, while the Ig7 and COOH-terminal inserts
are present in variants 3 and 1, respectively. Variant 4 does not contain any of the three inserts. (b–d): Complex alternative splicing events
result in the inclusion of exons 3 and 4, exon 23 and exon 31 that encode the NH2-terminal (b), Ig7 (c), and COOH-terminal (d) novel
insertions. The amino acid and nucleotide compositions of the three insertions are shown.

separation of the MyBP-C slow isoforms (see Section 2,
and [28]). Homogenates were probed with a commer-
cial antibody that recognizes a region within domain C5
common to all MyBP-C slow variants (Figure 3(a)). We
were able to resolve at least 3 immunoreactive bands
based on their distinct electrophoretic mobilities. The top
band may represent variant 1 (∼132 kDa, Figure 3(a), top
panel, marked with a blue dot), the middle band may
correspond to variants 2 and/or 3 (∼129 and ∼128 kDa,
respectively, Figure 3(a), top panel, denoted with a red dot),
and the bottom band may represent variant 4 (∼126 kDa,
Figure 3(a), top panel, marked with a green dot). The
cartoon shown in the bottom panel of Figure 3(a) illustrates
a representative image of several western blots, analyzed at

varying exposure times. The dotted lines indicate immunore-
active bands that only become evident after periods of long
exposure.

Consistent with the RT-PCR data, our immunoblots
also demonstrated the presence of at least one form of
MyBP-C slow in each skeletal muscle tested. EDL and
gastrocnemious possess three immunoreactive bands with
the most prominent being the middle one (Figure 3(a), lanes
1 and 4). FDB also contains three distinct bands, however,
the top and middle bands appear to be of similar intensities
and occasionally appear as a broad, single band (Figure 3(a),
lane 2). Similar to FDB, TA also shows two closely migrating
bands, but lacks the bottom one (Figure 3(a) lane 3).
Contrary to the rest of the muscles analyzed, quadriceps
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Figure 2: RT-PCR analysis using cDNA generated from developing
and adult rat extensor digitorum longus (EDL), flexor digitorum
brevis (FDB), tibialis anterior (TA), gastrocnemius (gastroc),
quadriceps (quad) and soleus skeletal muscles and primer sets
designed to flank the NH2-terminal (a), Ig7 (b), and COOH-
terminal (c) insertions. A schematic representation of the amplified
region is shown in the upper left corner of each panel. White
and grey ovals depict Ig and FN-III domains, respectively, while
the 3′ UTR is shown as a black line. The zig-zag lines denote the
three novel insertions. In each amplification reaction, the top band
corresponds to transcripts that include the insertion of interest,
whereas the bottom band corresponds to transcripts that lack it. (a):
All skeletal muscles tested contain a mixed population of MyBP-C
slow variants that contain and lack the NH2-terminal insertion, as
indicated by the presence of two amplification products. (b): On the
contrary, only soleus and developing myotubes express transcripts
that include the Ig7 insertion. (c): With the exception of quadriceps
muscle that only contains MyBP-C slow variants that lack the
COOH-terminal insertion, all other muscles examined contain a
mixed pool of transcripts that carry and lack the novel COOH-
terminal insertion.

appears to contain only the middle band, although, the
bottom one becomes evident after long exposure times
(Figure 3(a) lane 5). Soleus expresses high amounts of the
upper and lower bands, but moderate to low amounts of
the middle one (Figure 3(a) lane 6). Finally, developing P1
skeletal myotubes show only one immunoreactive band with
the same mobility as the top one, however, following longer
exposure, the middle immunoreactive band is also apparent
(Figure 3(a) lane 7).

Table 1: Tabulated summary of the RT-PCR data shown in
Figure 2. The plus (+) and minus (−) signs denote the presence
or absence of mRNAs encoding the three regions of interest,
respectively; the relative abundance of the respective transcripts is
illustrated by the number of plus signs.

Muscle Type NH2-insert Ig7-insert COOH-insert

Extensor Digitorum Longus ++ − +

Flexor Digitorum Brevis + − ++

Tibialis Anterior + + + − +

Gastrocnemius ++ − +

Quadriceps ++ − −
Soleus + + ++ + + + +

P1 Myotubes + + + ++ +

We also probed the same muscle homogenates with
an antibody that is specific for the COOH-terminal insert
and therefore only recognizes MyBP-C slow variant 1
(Figure 3(b)). With the exception of quadriceps, all of the
other muscles were immunopositive for variant 1. This
finding is in agreement with our immunoblot data shown
in panel A, and the RT-PCR analysis shown in Figure 2(c),
which revealed that quadriceps was the sole muscle to
lack the top immunoreactive band (i.e., variant 1) and
the COOH-terminal insert, respectively. Notably, MyBP-C
slow variant 1 appears to be expressed more abundantly in
soleus muscle and least prominently in developing myotubes,
while the remaining muscles tested contained intermediate
amounts. The slight differences in the sizes of the bands
detected in the different muscles are likely due to posttrans-
lation modifications, as it has previously been shown that
MyBP-C slow is capable of phosphorylation [37, 38].

Taken together, our RT-PCR and immunoblotting data
(summarized in Table 2) clearly indicate that all skeletal mus-
cles tested, apart from quadriceps, express variant 1, albeit to
different extents, with soleus and FDB containing the highest
amounts. Variants 2 and 3 have complementary expression
profiles, with variant 2 being preferentially expressed in
muscles that have a higher composition of fast twitch fibers,
such as EDL, FDB, TA, gastrocnemious and quadriceps, and
variant 3 being selectively present in slow twitch muscles,
like soleus, and developing myotubes. Finally, variant 4 is
detected in all muscles examined, with the exception of TA
and developing myotubes. It therefore appears that different
forms of MyBP-C slow are present within the same muscle,
independently of its fiber type composition, developmental
stage, or age.

3.2. MyBP-C at the A-band. Early studies have confirmed
the direct interaction between MyBP-C and myosin and
identified the sites of binding on both proteins. The light
meromyosin (LMM) region of the myosin rod, that forms
the backbone of the thick filament, binds the COOH-
terminal C10 region of all three MyBP-C isoforms [39–41].
Positively charged residues on the surface of the C10 domain
mediate binding to LMM [42], however, the interaction
is significantly strengthened by the presence of the C8
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Figure 3: Western blot analysis of protein homogenates prepared
from rat skeletal muscles and blotted with antibodies to the fifth Ig
domain that recognize all MyBP-C slow variants (a) or to the novel
COOH-terminal insertion that specifically recognizes variant 1 (b).
(a) Top panel: With the exception of quadriceps, all other muscles
express variant 1, represented by the upper most band, marked by
a blue dot. All adult skeletal muscles tested, but not the developing
myofibers, express variants 2 and/or 3, corresponding to the band
with the intermediate mobility, and denoted with a red dot. As
variants 2 and 3 have similar molecular weights (129 and 128 kDa,
respectively), it is not feasible to separate them in the current gel
system. Moreover, variant 4 is detected in homogenates prepared
from EDL, FDB, gastrocnemious, and soleus, and is represented by
the lower immunoreactive band, marked with a green dot. Bottom
panel: A cartoon showing the presence of the different MyBP-C
slow variants in developing and adult skeletal muscles. Dotted lines
correspond to immunoreactive bands, which are evident only after
long exposure times. (b) In agreement with the immunoblot shown
in panel (a), antibodies specific for the novel COOH-terminal insert
demonstrated that EDL, FDB, TA, gastrocnemious, soleus, and P1
skeletal myotubes express variant 1, with soleus containing the
highest amounts.

and C9 regions. Another interaction between the MyBP-
C motif, located at the NH2-terminus of MyBP-C and
subfragment 2 (S2) of myosin has been also identified, albeit
of weaker affinity [43]. In addition to binding myosin, MyBP-
C associates with actin, in a Ca2+ dependent manner, through
its NH2-terminal proline/alanine rich motif [44–46]. The
ability of MyBP-C to directly interact with both myosin
and actin facilitates its role as a regulator of cross-bridge
formation during contraction. Interestingly, at low ionic
strength MyBP-C inhibits actomyosin ATPase activity, while
at higher ionic strength it acts as a mild activator [47, 48].

In addition to myosin, MyBP-C also associates with titin
at the A-band [14, 49–51]. The COOH-terminal C8-C10

Table 2: MyBP-C slow variants 1–4 are present in varying amounts
in different skeletal muscles. A plus (+) sign indicates the presence
of the respective variant in a select muscle. The relative abundance
of variants 1–4 in the skeletal muscles tested is illustrated by the
number of plus signs.

Muscle Type Variant 1 Variant 2 Variant 3 Variant 4

Extensor Digitorum
Longus

++ + + + — ++

Flexor Digitorum
Brevis

+ + + ++ — ++

Tibialis Anterior ++ ++ — —

Gastrocnemius + + — +

Quadriceps — ++ — —

Soleus + + ++ — + + + +

P1 Myotubes ++ — + —

domains of MyBP-C directly bind to the 11-domain super-
repeat [Ig-(FN-III)2-Ig-(FN-III)3-Ig-(FN-III)3] present in
the C-zone portion of titin, and specifically the first Ig
domain, although flanking motifs further strengthen the
interaction [52, 53]. Notably, the arrangement of MyBP-
C in 11 transverse stripes at regular intervals of ∼43 nm
corresponds to that of the 11-domain super-repeat of
titin, to which MyBP-C binds. Consequently, It has been
suggested that binding to titin’s super-repeats specifies the
subsarcomeric distribution of MyBP-C in the C-zone of the
A-band [52].

Recent studies have proposed that MyBP-C forms a
trimeric “collar” around each thick filament in which
domains C5–C7 of one molecule overlap with domains C8–
C10 of the neighboring molecule [54, 55]. In vitro binding
studies using the respective peptides postulated that this
arrangement might apply to the cardiac and fast skeletal
isoforms, but not the slow isoform. Interestingly, for these
studies Flashman and coworkers generated a recombinant
protein that contained domains C8–C10, present in all
four slow variants, followed by the novel COOH-terminal
insertion, present only in variant 1. It is, therefore, possible
that the presence of the COOH-terminal 26-amino acids may
inhibit binding of the C8–C10 domains of variant 1 to the
C5–C7 domains of the neighboring molecule of MyBP-slow.
Indeed, this is consistent with our recent studies indicating
that variant 1 is preferentially localized at the periphery of
the M-band [28]. Conversely, an interaction between the
respective motifs present in variants 2–4 is likely, as these
contain a short COOH-terminus following domain C10 that,
similar to the cardiac and fast isoforms, consists of four
amino acids.

Through its interactions with myosin and titin, MyBP-
C contributes to the stabilization and maintenance of the
sarcomeric A-band. In vitro studies indicate that myosin
filaments are capable of forming in the absence of MyBP-
C, however, its addition results in increased filament length,
and improved structure and uniformity across the filament
[40, 56, 57]. Additionally, in vivo deletion of the myosin
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Figure 4: Ultrathin cryo-sections of adult mouse FDB skeletal muscle were labeled with antibodies specific for the COOH-terminal insertion
present in MyBP-C slow variant 1. (a) Variant 1 was detected at the periphery of the M-band (arrows). The boxed area in (a) is blown up in
(b) for ease of visualization of the immunolabeling. Scale bar corresponds to 0.5 μm.

and titin binding sites on MyBP-C results in disorganized A-
bands [58, 59]. Consistent with this, the C8–C10 domains
that harbor the binding sites for myosin and titin are
deleted in patients suffering from familial hypertrophic
cardiomyopathy [3, 60, 61]. Interestingly, though, normal
A-bands are formed in animals deficient of cardiac MyBP-
C [62, 63], suggesting the presence of a compensatory
mechanism that maintains the myosin and titin filaments
within the A-band of the sarcomere. Taken together, these
studies suggest that MyBP-C, through its direct interaction
with myosin and titin, and possibly its self-association, may
stabilize the sarcomeric A-band.

In addition to maintaining the structure of thick fil-
aments, MyBP-C may also play key roles in regulating
contractile function by modulating the rate of cross-bridges
formation. Consistent with this, in cardiomyocytes lacking
MyBP-C, actomyosin filaments exhibited increased power
output during contraction and faster rates of force develop-
ment at half maximal Ca2+ activation [64]. Reintroduction of
the NH2-terminal region of cardiac MyBP-C, containing the
myosin S2 binding site (i.e., domains C1 and C2), enhanced
Ca2+ sensitivity and restored the contractile properties of the
null cardiocytes to normal levels [65], suggesting that car-
diac MyBP-C contributes to the regulation of myofilament
tension and their cycling rates.

Contrary to the cardiac isoform that has been directly
implicated in the regulation of the contractile properties
of cardiomyocytes (reviewed in [3]), studies focusing on
the function of the skeletal forms of MyBP-C are limited.
However, early studies have suggested that the role of MyBP-
C in skeletal muscle likely parallels that of the cardiac isoform
[66]. Consistent with this, the amounts of MyBP-C slow were
recently found significantly increased in EDL muscles from a
mouse model in which the kinase domain of titin was deleted
[67]. Deficient EDL muscles exhibited reduced myofilament
Ca2+ sensitivity and altered contractile properties, which
were restored to normal levels upon extraction of MyBP-C
slow. Contrary to the slow form of MyBP-C, the fast form
was significantly downregulated in the same muscles, while
the expression levels of other proteins of the A- and M-
bands remained unaffected. It is, therefore, likely that the

kinase domain of titin affects the expression of genes involved
in the regulation of myofilament Ca2+ sensitivity and force
production. Experimental evidence has therefore started to
emerge suggesting a key role for the skeletal forms of MyBP-
C in modulating contractility, too.

3.3. Mybp-C Slow Variant 1 Selectively Concentrates at the M-
Band. The presence of MyBP-C slow at the C-zones of the
A-band has been studied extensively during the last three
decades [3, 26, 68]. Recent studies from our laboratory,
however, have provided evidence that at least one form of
MyBP-C slow, specifically variant 1, has a unique topogra-
phy in the muscle cell [28]. Detailed immunofluorescence
studies combined with confocal microscopy demonstrated
that MyBP-C slow variant 1 is selectively localized at the
periphery of the M-band in adult rat soleus muscle [28].
The unique localization of MyBP-C slow variant 1 is further
supported by our ultrastructural studies, shown in Figure 4.
Immunolabeling of ultrathin cryosections prepared from
adult mouse FDB muscle with antibodies to the unique
COOH-terminus of variant 1 also demonstrated that it pref-
erentially concentrates at the edges of the sarcomericM-band
(Figures 4(a)–4(b), arrowheads). Thus, it appears that the
different MyBP-C slow isoforms have distinct distributions
in skeletal myofibers, with variants 2–4 localizing at the A-
band and variant 1 at the M-band.

At the M-band, MyBP-C slow variant 1 interacts with
obscurin and four and a half lim protein 1 (FHL1) [28, 69].
The second Ig domain of obscurin and the last Ig domain
of MyBP-C slow variant 1 are both necessary and sufficient
to support their interaction, however, binding is enhanced
significantly in the presence of the novel 26 amino acids
at the COOH-terminus of variant 1. Overexpression of the
second Ig domain of obscurin in primary cultures of skeletal
myotubes inhibited the integration of MyBP-C slow variant
1 at the M-band and severely disrupted the formation of
M- and A-bands. These findings suggested that variant 1
might contribute to the assembly and integrity of these
structures via its interaction with obscurin and possibly
other proteins. Similarly, McGrath et al. also demonstrated
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that overexpression or downregulation of FHL1, which is
localized at the A-I junction and the M-band, in adult
mouse soleus muscle resulted in impaired thick filament
assembly, which was accompanied by reduced sarcomeric
incorporation of different forms of MyBP-C slow, including
variant 1 [69].

3.4. MyBP-C Slow in Muscle Disease. Mutations within the
cardiac isoform of MyBP-C cause familial hypertrophic
cardiomyopathy (reviewed in [70, 71]). To date, there are
no muscle diseases causally associated with mutations in
the transcripts of the skeletal forms of MyBP-C. However,
changes in the expression levels of the skeletal isoforms
have been reported in hypertrophic and dystrophic skele-
tal muscles. The expression levels of MyBP-C slow were
significantly increased in rat plantaris muscle induced to
hypertrophy by surgical ablation of the neighboring soleus
and gastrocnemius muscles, whereas the amounts of MyBP-
C fast were dramatically decreased [72]. Likewise, the protein
levels of MyBP-C slow were increased in both chicken and
mouse dystrophic skeletal muscles [20, 24]. Further research
is required in order to understand the molecular mechanisms
that lead to the differential regulation of the skeletal forms
of MyBP-C in these models, and their potentially unique
roles in regulating the formation and activity of contractile
structures.

4. Summary and Future Perspectives

MyBP-C slow comprises a subfamily of at least four isoforms
that result from complex alternative splicing of the single
MyBP-C slow gene. The presence of the four MyBP-C slow
variants is not restricted to slow-twitch muscles, as select
isoforms are abundantly expressed in fast-twitch muscles,
too, where they may coexist with MyBP-C fast. More impor-
tantly, the four isoforms of MyBP-C slow may be coexpressed
in the same muscle, fiber or sarcomere, where they may
exhibit unique topographies concentrating either at A-bands
(variants 2, 3, and 4) or M-bands (variant 1). Previous and
current findings strongly favor a structural role for MyBP-
C slow at the sarcomeric A- and M-bands, and point to
a regulatory role on muscle contraction. Consequently, the
detailed characterization of the biochemical and biophysical
properties of the four MyBP-C slow variants, and the
development of the appropriate molecular tools and animal
models are imperative in order to study the cell biology and
functional properties of this intricate subfamily of proteins.
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The N-terminus of cMyBP-C can activate actomyosin interactions in the absence of Ca2+, but it is unclear which domains are
necessary. Prior studies suggested that the Pro-Ala rich region of human cMyBP-C activated force in permeabilized human
cardiomyocytes, whereas the C1 and M-domains of mouse cMyBP-C activated force in permeabilized rat cardiac trabeculae.
Because the amino acid sequence of the P/A region differs between human and mouse cMyBP-C isoforms (46% identity), we
investigated whether species-specific differences in the P/A region could account for differences in activating effects. Using chimeric
fusion proteins containing combinations of human and mouse C0, Pro-Ala, and C1 domains, we demonstrate here that the human
P/A and C1 domains activate actomyosin interactions, whereas the same regions of mouse cMyBP-C are less effective. These results
suggest that species-specific differences between homologous cMyBP-C isoforms confer differential effects that could fine-tune
cMyBP-C function in hearts of different species.

1. Introduction

Myosin binding protein-C (MyBP-C) is a regulatory and
structural protein associated with the A-bands (thick fila-
ments) of vertebrate striated muscle sarcomeres. Regulatory
effects are mediated in part by the N-terminus of cardiac
cMyBP-C, which is made up of modular immunoglobulin-
(Ig-) like domains, termed C0 at the N-terminus, followed
by domains C1 through C10 (Figure 1(a)). Between the C0
and C1 domains there is a sequence of ∼50 amino acids that
contains a high percentage of proline and alanine residues
(referred to as the Pro-Ala rich region (P/A)). Between the C1
and C2 domains there is a stretch of ∼100 highly conserved
amino acids referred to as MyBP-C motif or M-domain. The
M-domain is phosphorylated by β-adrenergic agonists and
phosphorylation increases the rate of cross-bridge cycling
[1], thereby contributing to increased inotropic responses of
the heart [2]. Phosphorylation reduces binding of the M-
domain to actin [3] and myosin S2 in vitro [4], but the
precise mechanism(s) by which phosphorylation accelerates
actomyosin interactions is not well understood.

In efforts to uncover mechanisms by which the N-
terminus of cMyBP-C affects cross-bridge cycling several
groups have investigated the effects of recombinant proteins
containing N-terminal cMyBP-C domains on actomyosin
interactions. For instance, Razumova et al. [5] investigated
effects of N-terminal domains in in vitro motility assays
and found that recombinant proteins containing the C1
through C2 domains of mouse cMyBP-C (referred to as
C1C2, inclusive of the M-domain) could activate thin
filament motility even in the absence of Ca2+. Incubation
of permeabilized rat trabeculae with C1C2 also increased
Ca2+ sensitivity of force and increased the rate of tension
redevelopment (ktr) [6]. The activating effects of C1C2
were attributed to the combined effects of the C1 and M-
domains because these domains together were necessary
and sufficient to increase Ca2+ sensitivity of force, whereas
other domains including the C0, P/A, and C1 domains had
little, if any, effect on force activation. However, in apparent
contrast to these results, Herron et al. [7] found that a
recombinant protein comprised of the human C0, P/A, and
C1 domains (i.e., C0C1) activated tension and increased
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Figure 1: Schematic of full-length cMyBP-C, domain boundaries, and recombinant chimeric mouse and human C0C1 proteins. (a)
Schematic of full-length cMyBP-C. The Pro-Ala rich region is denoted by a box between the C0 and C1 domains. (b) Amino acid sequence
alignment of mouse and human C0, P/A, and C1 domains. Arrows indicate domain boundaries. Asterisks denote identical residues. (c)
Schematic of recombinant chimeric proteins used in this study. Squares represent human domains; circles represent mouse domains.

ktr in permeabilized myocytes from human myocardium,
whereas C1C2 (which lacked the P/A region) had no effect.
These authors concluded that the P/A rich region was
required to activate tension and increase ktr.

A potential explanation for the different conclusions
reached in the two studies is that species-specific differences
are responsible for the different functional effects observed
for the mouse versus human proteins. Consistent with
this idea, the full-length cMyBP-C protein is quite similar
between mouse and human isoforms (89% identity, Table 1)
and the C1, M, and C2 domains are highly conserved (>90%
identity), but domains near the N-terminus show greater
sequence divergence with 81% and 46% identity in the C0
domain and P/A regions, respectively (Figure 1(b)). The
large difference in sequence homology in the P/A region
is primarily due to differences in the content of proline
and alanine residues: in the human P/A region, proline and
alanine account for 51% of the sequence, while the mouse
isoform contains only 28% proline and alanine. Interestingly,
a similar trend was noted for a P/A rich sequence in fast
skeletal myosin essential light chains (ELC1) where Bicer and
Reiser [8] found that P/A content scaled with mammalian
size.

The purpose of the present study was to determine
whether species-specific differences in the P/A rich regions
of human and mouse cMyBP-C can account for functional
differences in the ability of recombinant proteins from the
two species to activate actomyosin interactions. Results show
that both the human P/A rich region and the C1 domains

can activate actomyosin interactions, whereas the mouse
P/A and C1 domains are less effective. These results thus
reconcile apparently disparate experimental results and raise
the possibility that species-specific variations in cMyBP-C
regulatory domains contribute to cross-species variations in
cardiac function.

2. Methods

2.1. Protein Cloning, Expression, and Purification. The
recombinant mouse protein mC0C1 (containing the C0, P/A,
and C1 domains, Figure 1(c)) was subcloned from a full-
length mouse cDNA (GenBank gi:3747133), expressed in
M15 cells, and purified using Ni-NTA affinity chromatogra-
phy as previously described [5]. Recombinant human hC0C1
was cloned from a human cDNA obtained by RT-PCR
from whole heart human total RNA (Stratagene, La Jolla,
CA) using a one-step RT-PCR kit (Invitrogen, Carlsbad,
CA). A PCR product encoding hC0C1 was generated using
gene specific primers flanking the desired domains (forward
primer 5′-GGCCCATATGCCTGAGCCGGGGAAGAAG-
3′, reverse primer 5′-GGCCAAGCTTTCATCCGGTGC-
CCATGGCCTCGTG-3′) and cloned into the pQE-2 expres-
sion vector (Qiagen, Valencia, CA) using NdeI and HindIII
restriction sites on the upstream and downstream primers,
respectively. Expression and purification of hC0C1 were
as described previously [5]. Protein concentrations were
determined by measuring light absorbance at 280 nm (cor-
rected for turbidity at 310 nm) using extinction coefficients
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Table 1: Sequence identity between domains of human and mouse
cMyBP-C.

Protein or Domain
Number of Amino Acids

Percent Identity
Mouse Human

cMyBP-C 1270 1274 89

C0C2 447 451 84

C0 104 101 81

Pro-Ala 46 51 46

C1 111 111 90

M 105 107 91

C2 81 81 96

calculated from Swiss Institute for Bioinformatics software
[9].

2.2. Engineered Chimeric C0C1 Proteins. The In-Fusion PCR
Cloning System (Clontech, Mountain View, CA) was used
according to manufacturer’s instructions and the protocol by
Zhu et al. [10] to create seamless chimeric C0C1 proteins
consisting of various combinations of mouse and human
C0, P/A, and C1 domains. Boundaries of the C0, P/A,
and C1 domains are shown in Figure 1(b) and were as
described by Gautel et al. [11] and as listed for human
and mouse cMyBP-C on the Universal Protein Resources
Databank (UniProt) [12]. PCR products encoding the mouse
and human domains were amplified from mouse and human
cMyBP-C cDNA with additional 15 bp flanking sequences at
the 5′ and 3′ ends that overlap with the adjacent segment of
the construct (Table 2, Figure 1(c)). The pQE-2 expression
vector (Qiagen) was digested with NdeI and HindIII and gel-
purified. PCR products and the digested pQE-2 vector were
mixed at a 1 : 2 : 2 : 2 molar ratio with the In-Fusion enzyme
according to manufacturer’s instructions and transformed
into Top10 cells (Invitrogen). Correctly ligated plasmids
were chosen after selection with carbenicillin and sequences
were verified by DNA sequencing at the UC Davis DNA
Sequencing Facility. Selected clones were transformed into
M15 cells for expression and purification as described
previously [5]. Chimeric C0C1 proteins used in this study
are shown schematically in Figure 1(c).

2.3. Native Protein Purification. Heavy meromyosin (HMM)
and S1 were prepared from rabbit psoas skeletal myosin via
α-chymotryptic digest as described [13]. Bovine cardiac F-
actin, tropomyosin, and troponin were purified from ether
powder as described [14–16]. Thin filaments, comprised
of F-actin and regulatory proteins, were reconstituted in
AB buffer (in mmol/L: 25 KCl, 25 imidazole (pH 7.4),
4 MgCl2, 1 EGTA, and 1 DTT) by combining at an
actin:tropomyosin:troponin ratio of 4 : 1 : 1 for in vitro
motility assays and at 7 : 2 : 2 for ATPase assays. The thin fila-
ment mix was labeled with rhodamine-phalloidin according
to Homsher et al. [17] and used in in vitro motility assays.

2.4. Mechanical Force Measurements. Treatment of all ani-
mals was in strict accordance with guidelines and protocols

established by the University of California Institutional
Animal Care and Use Committee. Male Sprague-Dawley
rats (200–250 g) were euthanized by intraperitoneal injection
of sodium pentobarbital. Hearts were then rapidly excised
and right ventricles were dissected in a Ringer’s solution
at pH 7.4 (in mmol/L: 100 NaCl, 24 NaHCO3, 2.5 KCl,
1 MgSO4, 1 Na2HPO4, and 1 CaCl2). Trabeculae were
permeabilized in situ by incubation of splayed ventricles
overnight in a relaxing solution containing 50% glycerol
and 1% Triton X-100 (Sigma, St. Louis, Missouri) at 4◦C.
Individual trabeculae were dissected free from ventricle walls,
pinned to the bottom of a sylgar-coated Petri dish, and
stored for up to one week in glycerinated relaxing solution
at −20◦C.

Steady state force and rate of tension redevelopment (ktr)
measurements were performed as previously described [6].
Briefly, permeabilized trabeculae were mounted between a
force transducer (model 403A, Aurora Scientific Inc.) and
a torque motor (Model 312-Cl, Aurora Scientific Inc). Sar-
comere length was adjusted to ∼2.3 μm in relaxing solution
and monitored throughout the course of the experiment
using an inverted microscope (Olympus IX-71) fitted with
a 12-Mega pixel digital camera (Olympus DP70). Relaxing,
preactivating, and Ca2+-activating solutions were prepared
as previously described using a custom software package [18,
19]. Solutions were maintained at 0.18 M ionic strength and
pH 7.0 at 15◦C (in mmol/L: 15 phosphocreatine, 15 EGTA, at
least 40 MOPS, 1 free Mg2+, 135 Na+ + K+, 1 DTT, 250 units
ml−1 creatine kinase (CK), and 5 ATP). Ca2+ concentration
(reported as pCa = −log[Ca2+]) was established by varying
amounts of CaCl2. Recombinant proteins were added to
relaxing and preactivating solutions by buffer exchange using
desalting spin columns (Pierce, Rockford, IL).

2.5. In Vitro Motility Assays. In vitro motility assays were
performed as described previously [5]. Briefly, HMM was
applied to a nitrocellulose-coated coverslip followed by incu-
bation with bovine serum albumin (BSA) to prevent non-
specific adsorption of thin filaments or recombinant proteins
to the motility surface. Shredded actin filaments followed by
ATP were then added to block nonfunctional myosin heads
(dead-heads). Next, rhodamine-phalloidin labeled bovine
cardiac thin filaments (4 : 1 : 1 actin:tropomyosin:troponin)
were added, followed by a motility buffer containing AB
buffer, 2 mM ATP, and an oxygen-scavenging system to
limit photo-bleaching. Recombinant cMyBP-C proteins were
dialyzed into AB buffer and added to the slide surface in
the motility buffer. Motility was viewed using an Olympus
IX-71 microscope with an Hg-arc lamp, TRITC filter, and
a 100×/1.4 NA oil-immersion objective. Video files were
recorded using a Q-Imaging Retiga Exi digital camera and
ImageProPlus software. Filament motility was analyzed using
custom software developed in LabView and NI Vision
Development (National Instruments, Austin, TX) kindly
provided by Dr. Michael Regnier (University of Washington).

2.6. ATPase Assay. ATPase assays were performed by
mixing 0.2 μM myosin S1 and 3.5 μM reconstituted
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Table 2: Primers used to create recombinant chimeric C0C1 proteins.

cMyBP-C domain Primer pairs (upstream/downstream primer)

Mouse C0
5′-ATCACCATCACCATATGCCGGAGCCAGGGAAGAAACCA -3′/

5′-AGGGGCCAGCATGGGTTCTGCCTTCTCTGGAGGGGC -3′

Mouse P/A
5′-TCTGAAGTTGCTCCAGGAGCC -3′/

5′-GTCATCAGGGGCTCCCTGATG -3′

Mouse C1
5′-GGAGCCCCCGATGACCCTATTGGCCTCTTTCTGATGCGA -3′/

5′-TCAGCTAATTAAGCTTTCATCCAGAACCAATCGCCTCATGGAC -3′

Human C0
5′-ATCACCATCACCATATGCCTGAGCCGGGGAAGAAGC - 3′/

5′-TGGAGCAACTTCAGACTCTGCCTTCTCTGCCTCTATGAC -3′

Human P/A
5′-CCCATGCTGGCCCCTGC -3′/

5′-GTCATCGGGGGCTCCAGG -3′

Human C1
5′-GGAGCCCCTGATGACCCCATTGGCCTCTTCGTGATGC -3′/

5′-TCAGCTAATTAAGCTTTCATCCGGTGCCCATGGCCT -3′

bovine cardiac thin filaments (mixed at a 7 : 2 : 2 actin :
tropomyosin : troponin ratio) in ATPase buffer (in mmol/L:
10 imidazole (pH 7.4), 2 MgCl2, 1 EGTA, and 1 DTT)
with or without 1 μM recombinant cMyBP-C proteins. The
addition of 1 mM ATP started the reaction and reactions
were quenched at three different time points with stop
solution (3.3% SDS, 0.12 M Na-EDTA, pH 7.4). Phosphate
production was determined via colorimetric assay as
described [20].

2.7. Statistical Tests. Data were compared using ANOVA
followed by Bonferroni post-hoc comparisons. Significance
was considered at P < .05.

3. Results

3.1. Human C0C1 Increases Ca2+ Sensitivity of Tension in
Permeabilized Trabeculae. Effects of recombinant mouse and
human C0C1 proteins (inclusive of the C0, P/A, and C1
domains) were first assessed in permeabilized rat cardiac
trabeculae. Figure 2(a) shows effects of human (h)C0C1
and mouse (m)C0C1 on force generation at pCa 9.0 and
at maximal Ca2+ activation (pCa 4.5). Neither hC0C1 nor
mC0C1 affected resting force in the absence of Ca2+ (pCa
9.0) or maximal force at pCa 4.5 even at concentrations
up to 80 μM, the highest concentration used by Herron
et al. [7]. This result is consistent with observations by
Razumova et al. [6] who found that preincubation of rat
trabeculae with 30 μM mC0C1 did not affect force, but it
differs somewhat from Herron et al. [7] who found that
30 μM hC0C1 activated force generation even in the absence
of Ca2+ at pCa 9.0. Because measurements by Herron et al.
[7] were conducted primarily using permeabilized myocytes
from human myocardium, species-specific differences (rat
versus human) could potentially contribute to the different
effects observed here. However, as shown in Figures 2(b)
and 2(c), hC0C1 was effective at increasing force and ktr at
submaximal Ca2+ (pCa 5.3) near the half-maximal [Ca2+]
(pCa50) required for maximal force generation [6]. Effects
were significant after preincubation with 50 μM hC0C1.

50 μM mC0C1 also increased Ca2+ sensitivity of tension,
albeit to a lesser extent than hC0C1, but had no effect on ktr.

3.2. The Human Pro-Ala Rich Region Activates Filament
Motility in the Absence of Ca2+. Because results from
permeabilized rat trabeculae suggested that species-specific
differences contribute to differences in effects of hC0C1 and
mC0C1, we sought to compare effects of hC0C1 versus
mC0C1 in a defined system that minimizes variability in
cross-species isoform expression. We therefore compared
effects of hC0C1 and mC0C1 using in vitro motility assays
with reconstituted cardiac thin filaments and skeletal HMM.
Control values for average filament velocities in the absence
(pCa 9) and presence (pCa 5) of Ca2+ were 0.3 ± 0.1 μm/s
(n = 12) and 3.8 ± 0.5 μm/s (n = 9), respectively, demon-
strating that reconstituted thin filaments were well regulated
by Ca2+ under control conditions in the absence of added
recombinant proteins. Figure 3(a) compares filament sliding
speeds at pCa 9.0 in the absence or presence of hC0C1
or mC0C1. Under control conditions at low Ca2+, filament
sliding speed was low and the vast majority of filaments
were stopped (fraction moving was 4%). Addition of 1 μM
mC0C1 to motility buffers did not activate motility, whereas
addition of hC0C1 significantly increased motility. These
results are similar to those obtained in rat trabeculae
(Figure 2) where hC0C1 increased Ca2+ sensitivity of tension
and ktr to a greater extent than mC0C1. They are also
consistent with Herron et al. [7] who found that hC0C1
could activate tension development in myocytes in the
absence of Ca2+.

To determine whether the P/A region contributes to the
activating properties of hC0C1, chimeric C0C1 proteins were
created that substituted human and mouse P/A regions.
Figure 3(b) shows effects on filament motility of exchanging
the human and mouse P/A domains in chimeric proteins.
Insertion of the human P/A region into mouse C0C1 to
create the chimeric protein mhmC0C1 (mouse C0, human
P/A, and mouse C1) increased filament motility at pCa 9.
This result demonstrates that the human P/A region but not
the mouse P/A region is sufficient to confer activating effects
on C0C1 proteins. However, activation was not complete
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Figure 2: Effects of mC0C1 and hC0C1 on steady state force and rate of tension redevelopment (ktr) in permeabilized rat trabeculae. (a)
Preincubation of trabeculae with 80 μM mC0C1 or hC0C1 did not affect resting force at pCa 9.0 or maximal Ca2+ activated force at pCa 4.5.
However, hC0C1 increased force (b) and ktr (c) at intermediate [Ca2+] (pCa 5.3) with effects significant at 50 μM. mC0C1 increased force
at 50 μM but did not significantly increase ktr. Data are mean ± SEM (n = 4 for hC0C1 and n = 3 for mC0C1). Asterisks denote significant
differences in compared values obtained prior to protein addition (P < .05).

since sliding speeds were still somewhat less than in the
presence of hC0C1 comprised of all human sequences. This
suggests that domains outside of the P/A region must also
contribute to the activating effects of hC0C1. Consistent with
this idea, when the mouse P/A region was exchanged into
hC0C1, that is, in hmhC0C1 (human C0, mouse P/A, and
human C1), filament sliding speeds were increased relative
to control but were less than in the presence of hC0C1.
Collectively, these results demonstrate that the human P/A
rich region is sufficient to activate motility in the absence of
Ca2+, but that the C0 or C1 domains must also contribute to
the ability of hC0C1 to activate filament motility.

3.3. Human C1, but not C0, Activates Motility in the Absence
of Ca2+. To determine whether human C1 or C0 domains
also contribute to the activating effects of hC0C1, we created
additional chimeric proteins that substituted human and
mouse C0 and C1 domains. To assess if the C1 domain is

required for activating effects, 1 μM mmhC0C1 or hhmC0C1
proteins were added to in vitro motility assays. As shown
in Figure 3(c), adding the human C1 to mouse C0 and
P/A domains, (mmhC0C1) activated thin filament motility
at pCa 9, demonstrating that the human C1 domain can
also confer activating effects. However, filament velocity was
reduced compared to hC0C1 (Figure 3(a)), indicating that
other domains (e.g., P/A; Figure 3(b)) contribute to the
activating effects of hC0C1. Conversely, when the mouse
C1 domain was added to human C0 and P/A domains
(hhmC0C1) activation occurred but to a lesser extent than
hC0C1 (Figure 3(a)). These results show that mouse C1
cannot substitute for human C1 and cannot restore full
activating effects when expressed with the human C0 and P/A
domains.

To assess whether the human C0 domain also contributes
to activating effects of hC0C1, hmmC0C1 and mhhC0C1
proteins were created and their effects in motility assays



6 Journal of Biomedicine and Biotechnology

0

0.5

1

1.5

2

0

0.2

0.4

0.6

0.8

1

Fraction
m

ovin
g

M
ea

n
sp

ee
d

(μ
m

/s
)

Control mC0C1 hC0C1

†

†

∗
∗

(a)

0

0.5

1

1.5

2

0

0.2

0.4

0.6

0.8

1
Fraction

m
ovin

g

M
ea

n
sp

ee
d

(μ
m

/s
)

mhmC0C1 hmhC0C1

Swap
P/A

†∗

†∗ †∗
†∗

(b)

Fraction moving

0

0.5

1

1.5

2

0

0.2

0.4

0.6

0.8

1

Fraction
m

ovin
g

M
ea

n
sp

ee
d

(μ
m

/s
)

Mean speed

hhmC0C1 mmhC0C1

Swap
C1

†∗†∗
†∗

∗

(c)

0

0.5

1

1.5

2

0

0.2

0.4

0.6

0.8

1

Fraction
m

ovin
g

M
ea

n
sp

ee
d

(μ
m

/s
)

Fraction moving
Mean speed

hmmC0C1 mhhC0C1

Swap
C0

†
†

∗

∗

(d)

Figure 3: Effects of mouse and human C0, P/A, and C1 domains on motility of regulated thin filaments (F-actin + Tm + Tn) at pCa 9.
(a) Compared to control experiments in the absence of added protein (n = 12), 1 μM hC0C1 significantly activated filament sliding speed
motility and the fraction of filaments moving (n = 8), whereas 1 μM mC0C1 did not affect motility (n = 9). (b) Substitution of the human
for mouse P/A domain in the mouse C0C1 backbone (mhmC0C1) activated motility (n = 7), whereas substitution of the mouse P/A domain
into the human backbone (hmhC0C1) depressed motility relative to hC0C1 (n = 5). (c) Exchange of mouse and human C1 domains. The
human C1 domain (mmhC0C1) activated motility (compared to mC0C1, n = 5), whereas the mouse C1 domain (hhmC0C1) depressed
motility (compared to hC0C1, n = 6). (d) Exchange of mouse and human C0 domains. The human C0 (hmmC0C1, n = 5) and mouse C0
(mhhC0C1, n = 10) domains did not affect thin filament motility (compared to mC0C1 and hC0C1 controls, resp.). Data are mean ± SD.
Asterisks (∗) and crosses (†) denote significant differences compared to mC0C1 and hC0C1, respectively, (P < .05).

were assessed at pCa 9. As shown in Figure 3(d), when the
human C0 domain was added to mouse P/A and C1 domains
(hmmC0C1), activation of filament motility did not occur
and effects of hmmC0C1 were not different from the
parent mC0C1. Similarly, when the mouse C0 domain was
expressed with the human P/A and C1 domains (mhhC0C1),
filament motility was the same as in the presence of hC0C1
(Figure 3(a)). These results show that C0 does not contribute
to the activating effects of hC0C1 in motility assays, and
that the human P/A and C1 domains together are sufficient
to account for the full activating properties of hC0C1 on
actomyosin interactions in the absence of Ca2+.

3.4. Activating Effects Are Independent of Myosin S2. When
expressed in rat neonatal cardiomyocytes, hC0C1 localized
to sarcomere A-bands [7], suggesting that interactions of
hC0C1 with myosin or other thick filament proteins are
required for the observed activating effects. Consistent with
this idea, the C0 domain was reported to bind to myosin
S1 [21] and C1 can bind to myosin S2 [22]. Therefore to
test whether interactions with myosin S2 are required for
the activating effects of the human P/A and C1 domains,
effects of chimeric C0C1 proteins were assessed in ATPase
assays using myosin S1 (without S2) and regulated thin
filaments. As shown in Figure 4, under control conditions in
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Figure 4: Effects of mouse and human C0, P/A, and C1 domains
on thin filament activated myosin S1 ATPase assays at pCa 10 in
the absence of myosin S2. 1 μM mC0C1 had no effect on ATPase
activity (n = 9), whereas 1 μM hC0C1 increased ATPase activity (n =
9). The human P/A and C1 domains each activated ATPase activity
(mhmC0C1 (n = 7) and mmhC0C1 (n = 5), resp.) to intermediate
values. The mouse P/A and C1 domains (hmhC0C1, (n = 5) and
hhmC0C1, (n = 6), resp.) depressed ATPase activity when compared
to hC0C1. The human C0 domain (hmmC0C1, n = 6) had no
activating effects on actin-activated S1 ATPase activity, while the
mouse C0 domain (mhhC0C1, n = 4) did not affect activity when
compared to hC0C1. Data are mean± SD. Asterisks (∗) and crosses
(†) denote significant differences when compared to mC0C1 and
hC0C1, respectively, (P < .05).

the absence of recombinant proteins, ATPase rates were low
(0.2 ± 0.2 sec−1, n = 17) at low Ca2+ (pCa 10) and increased
(3.3 ± 1.0 sec−1, n = 16) in the presence of maximal Ca2+

(pCa 3). These results demonstrate that the thin filaments
were well regulated by Ca2+. Similar to the results obtained
in the in vitro motility assays, addition of 1 μM hC0C1
activated ATPase activity at pCa 10, whereas mC0C1 did not
significantly affect ATPase rates. Addition of the human P/A
domain or the C1 domains to the mouse C0C1 backbone
(mhmC0C1 or mmhC0C1) also activated ATPase activity in
the absence of Ca2+, but not to the full extent of hC0C1.
Substituting the mouse P/A and C1 domains in the human
C0C1 backbone (hmhC0C1 and hhmC0C1) reduced ATPase
activity when compared to hC0C1. Similar to motility assays
(Figure 3(d)), exchanging the C0 domains (hmmC0C1 and
mhhC0C1) had no effect on the ATPase rates when compared
to mC0C1 and hC0C1 controls (Figure 4). Taken together,
these results confirm conclusions from the in vitro motility
assays that either the human P/A or C1 domains can confer
activating properties to the hC0C1 protein, but that both
domains are required for full effects. However, because all
activating effects occurred in the absence of myosin S2,
results from the ATPase assays demonstrate that activation
does not require interactions of hC0C1 with myosin S2.

4. Discussion

The major result from this study is that species-specific
differences between mouse and human cMyBP-C contribute
to functional differences in the activities of recombinant

cMyBP-C proteins. In particular, we found significant
sequence divergence (46% identity) in a proline-alanine
(P/A) rich region near the N-terminus of the molecule.
The human P/A rich region but not the mouse P/A region
promoted actomyosin interactions as shown by the ability
of proteins containing the human P/A region to increase
thin filament motility and actomyosin ATPase activity even
in the absence of Ca2+ (Figure 3). Interestingly, the human
C1 domain but not mouse C1 also conferred activating
effects even though the sequences of the C1 domains
are much more similar (90% identity). Taken together,
these results suggest that even modest sequence variations
in conserved domains can lead to significant functional
differences between homologous cMyBP-C proteins.

Results from this study partially reconcile disparate
results from two previously published studies. Using human
cMyBP-C recombinant proteins, Herron et al. [7] attributed
activating effects to the P/A rich region, whereas Razumova
et al. [6], using mouse recombinant proteins, found that the
C1 and M domains together were required to activate force.
In the present study we performed a side-by-side comparison
of the effects of mouse and human C0C1 proteins and found
in good agreement with Herron et al. [7] that the human
P/A region can confer activating effects on actomyosin
interactions, whereas also in good agreement with Razumova
et al. [6] that the mouse P/A region does not. Thus, species-
specific differences can account in part for the different
conclusions reached in the two studies.

The precise mechanism(s) by which the P/A and C1
domains promote actomyosin interactions is not known,
but interactions with either thick filaments [23] or actin
[3] are possible. In support of the former, hC0C1 localizes
to sarcomere A-bands when expressed in rat neonatal
cardiomyocytes [7] and C1 can bind to myosin S2 [22].
However, the present results exclude interactions with thick
filaments because myosin S2 was not required for hC0C1
to increase acto-S1 ATPase activity (Figure 4). Furthermore,
while C0 was reported to bind to myosin S1 [21], C0
made little or no contribution to the activating effects of
hC0C1 (Figures 3 and 4). Thus, interactions with myosin
do not appear important for the activating effects of hC0C1,
although interactions with other thick filament proteins
(e.g., myosin light chains) cannot be excluded. Alternatively,
the P/A region could interact with thin filaments to promote
activation. In support of this idea Squire et al. [24] proposed
that the P/A region of human cMyBP-C binds actin based on
sequence similarity to a P/A rich segment found in essential
myosin light chains (MLC). Although in a previous study
we found little evidence that the mouse P/A region binds
to actin because mC0C1 bound weakly if at all to F-actin in
cosedimentation assays [3], Kulikovskya et al. [25] reported
that human C0C1 can bind actin. Side-by-side comparisons
of binding affinity are needed, but these data are thus in
the right direction for the Pro-Ala sequence to contribute
to functional effects in human (e.g., because of greater actin
binding affinity) but exert less effects in mouse because of
reduced interactions with actin [6, 7].

The functional significance of the Pro-Ala rich sequence
of cMyBP-C in vivo is not known. However, the Pro-Ala
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rich sequences have been identified in other thick filament
regulatory proteins including cardiac and skeletal isoforms of
myosin essential light chains (MLC) [26]. In these proteins
the Pro-Ala sequences modulate cross-bridge cycling rates
and shortening velocity (Vmax) by binding to actin [27].
The proline-alanine rich regions of different MLC isoforms
slow cross-bridge kinetics either by binding directly to actin
[28] or by functioning as a rigid spacer arm that extends
an actin binding site located near the N-terminus of the
MLC out toward the thin filament [29]. In either case,
interactions with actin are thought to create a drag that
limits filament sliding and slows cross-bridge cycling and
shortening velocity [30]. Consistent with this idea, atrial
myocytes that express an atrial MLC isoform with reduced
affinity for actin have nearly twice the Vmax and maximal
power output than ventricular myocytes expressing an MLC
that binds to actin with greater affinity [26].

By analogy with MLC, it is possible that the Pro-
Ala rich region of cMyBP-C performs a similar role and
contributes to the ability of cMyBP-C to limit myocyte
shortening velocity, cross-bridge cycling, and power output
[31]. If so, then the species-specific differences described here
between the Pro-Ala regions of mouse and human cMyBP-
C could serve to fine-tune shortening velocity to optimize
power output (the product of force and velocity) such that
contractile efficiency is maximized in hearts that contract
under different hemodynamic loads and at different speeds.
Consistent with this idea, we found that the percentage of
proline and alanine residues in the Pro-Ala region varies
inversely with heart rate in mammals such that larger
mammals have a greater proportion of Pro-Ala residues,
Shaffer and Harris [32]. Thus, decreased Pro-Ala content of
cMyBP-C in small mammals could accelerate cross-bridge
cycling kinetics, whereas increased Pro-Ala content in larger
mammals could slow cycling rates. Species-specific changes
in cMyBP-C could thereby fine-tune larger shifts in cross-
bridge cycling kinetics that occur due to differences in
isoform expression of other contractile proteins such as
in myosin heavy chain that shifts from fast α-MHC (high
ATPase activity and cross-bridge cycling) expressed in small
mammals to slow β-MHC expressed in larger mammals [33–
36]. Such systematic changes in cross-bridge cycling kinetics
could also tune cardiac relaxation rates, for instance, to
ensure adequate diastolic filling times even at high heart rates
in small mammals.

In summary, results presented here demonstrate signifi-
cant species-specific differences in the ability of the P/A rich
region and C1 domains of mouse versus human cMyBP-C
to activate actomyosin interactions. These differences suggest
that the function of cMyBP-C varies in different species
and raises the intriguing possibility that cMyBP-C-fine-tunes
cardiac contraction in different animals to better match
contractile speed to hemodynamic load. Experiments to test
these ideas are in progress.
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One important feature of muscle structure and function that has remained relatively obscure is the mechanism that regulates thin
filament length. Filament length is an important aspect of muscle function as force production is proportional to the amount
of overlap between thick and thin filaments. Recent advances, due in part to the generation of nebulin KO models, reveal that
nebulin plays an important role in the regulation of thin filament length. Another structural feature of skeletal muscle that is not
well understood is the mechanism involved in maintaining the regular lateral alignment of adjacent sarcomeres, that is, myofibrillar
connectivity. Recent studies indicate that nebulin is part of a protein complex that mechanically links adjacent myofibrils. Thus,
novel structural roles of nebulin in skeletal muscle involve the regulation of thin filament length and maintaining myofibrillar
connectivity. When these functions of nebulin are absent, muscle weakness ensues, as is the case in patients with nemaline
myopathy with mutations in nebulin. Here we review these new insights in the role of nebulin in skeletal muscle structure.

1. Nebulin Specifies Thin Filament Length

Skeletal muscles are organized into regular arrays of thin
and thick filaments of well-defined length. Filament length
is an important aspect of muscle function because a muscle
generates force in proportion to thin and thick filament
overlap. Whereas thick filament length is considered a con-
stant 1.6 μm, thin filament lengths are fine-tuned at ∼1.0–
1.3 μm, depending on species and muscle type [1] to overlap
with thick filaments and to meet the muscle’s physiological
demands [1, 2]. Changes in thin filament length affect
thin-thick filament overlap and impact a muscle’s force-
generating capacity at a given sarcomere length: thus, thin
filament length is a key aspect of muscle function. Since
length is not an intrinsic property of actin-filaments (actin
monomers assemble in vitro to highly variable polymer
lengths [3]), thin filament length is likely to be specified in
vivo by an actin binding protein; for this, nebulin has been
considered for a long time a prime candidate [4–6], but
critical evidence has been lacking up until recently.

Nebulin is a giant protein (Mw 700–800 kDa) expressed
in skeletal muscle, and makes up 2%-3% of the myofibrillar
protein mass. Immuno-electronmicroscopy revealed that a
single nebulin molecule spans the thin filament with its
C-terminus anchored at the Z-disk and its N-terminal
region directed towards the thin filament pointed end (for
a schematic representation, see Figure 1(a)) [4]. The first
evidence for nebulin’s proposed role in specifying thin
filament length came from the analysis of nebulin’s cDNA
sequence. This revealed that the bulk of the molecule is
comprised of modules with the centrally located modules M9
to M162, each thought to represent individual actin-binding
motifs and organized into seven-module superrepeats that
match the repeat of the actin filament (Figure 1(b)). This
precise arrangement is thought to allow each nebulin module
to interact with a single monomer of the actin filament [5, 6],
and each nebulin super-repeat to associate with a single
tropomyosin (Tm)/troponin (Tn) complex [7–9]. Nebulin’s
extreme N-terminal modules M1–M3 (Figure 1(b)) contain
a high-affinity binding site for the thin filament pointed-
end capping protein tropomodulin [10]. Tropomodulin, in
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Figure 1: (a) Schematic of the structural organization of skeletal muscle (top) and sarcomere (bottom). (b) Schematic of the human nebulin
sequence. Nebulin has a highly modular structure, with, in the central region, (M9–M162) seven modular repeats arranged into twenty-two
superrepeats (only two of which are shown).

addition to binding nebulin’s N-terminus, binds actin and
tropomyosin with high affinity and prevents actin filaments
from elongating or shortening at the pointed end [11].
Furthermore, earlier studies revealed that the electrophoretic
mobility of nebulin from different muscle types correlates
with thin filament length [5, 12].

Although the findings discussed above were consistent
with the hypothesis that nebulin is involved in specifying
thin filament length, direct evidence was lacking. More
conclusive evidence for a role for nebulin in specifying
thin filament length required studies of muscle that lack
nebulin. Such studies were first performed by McElhinny and
coworkers [13]. It was found that upon RNAi knockdown
of nebulin transcripts in cultured cardiac myocytes, thin
filaments elongated to unrestricted lengths, thus supporting
a role for nebulin in regulating thin filament length. These
experiments were carried out in cardiac myocytes where
nebulin expression is less than 1% of the levels found in
skeletal muscle [14]. Thus, to test the role of nebulin in
skeletal muscle in vivo, nebulin KO mouse models were

generated [14, 15]. The first work on these models revealed
that in nebulin-deficient skeletal muscle the thin filaments
are on average shorter, thus supporting a role for nebulin
in the in vivo regulation of thin filament length [14, 15].
Witt et al. [14] performed an immunoelectronmicroscopy
study and reported that thin filament lengths in wildtype
tibialis cranialis muscle are a constant 1.2 μm, but in nebulin-
deficient muscle are on average ∼0.8 μm, and range from
∼0.4 to 1.2 μm (for a schematic, see Figure 2(a)). That
such reduction in thin filament length greatly affects force
production was illustrated by Ottenheijm et al. [16] by
measuring force as a function of sarcomere length for both
wildtype and nebulin-deficient muscle. In these experiments,
skinned muscle fibers were activated by supramaximal levels
of exogenous calcium at various sarcomere lengths and
the force response was measured (note that in skinned
fiber preparations, factors outside of the myofilaments, e.g.,
calcium handling by the sarcoplasmic reticulum, do not
contribute to force production). As shown in Figure 2(b),
the force-sarcomere length relation of wildtype muscle is
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Figure 2: (a) Schematic illustrating the range of thin filament lengths found in nebulin-deficient muscle fibers. Immunoelectron microscopy
[14] showed that thin filament lengths in wildtype tibialis cranialis muscle are a constant 1.2 μm, but in nebulin-deficient muscle are on
average ∼0.8 μm and range from ∼0.4 to 1.2 μm. (b) The force-sarcomere length relation of murine wt muscle fibers has a characteristic
force plateau followed by a descending limb. The force-sarcomere length relation of nebulin-deficient fibers is shifted leftward compared
to wt fibers, and the force plateau is absent. (c) Similarly, the force-sarcomere length relation of nebulin-deficient human muscle fibers
(dissected from biopsies obtained from patients with nemaline myopathy) is shifted to the left, and the force plateau is absent as well [16].

characterized by a force plateau reflecting optimal thick-thin
filament overlap, followed by a descending limb at higher
sarcomere lengths reflecting the decreased filament overlap.
That the descending limb in wildtype muscle starts at a
sarcomere length of ∼2.6 μm and ends at ∼4.0 μm suggests
a thin filament length of ∼1.2 μm, which is in line with the
previously mentioned electron-microscopy data. In nebulin-
deficient muscle, the shortened thin filaments reduce thin-
thick filament overlap at a given sarcomere length, impairing
force production and resulting in a leftward shift of the

force-sarcomere length relation (see Figure 2(b)). Further-
more, when thin filaments are nonuniform in length, no
optimal thick-thin filament overlap exists, and consistent
with this the force-sarcomere length relation of nebulin-
deficient muscle lacks the characteristic plateau. Supporting
these findings on demembranated muscle, studies on intact
nebulin-deficient muscle from another nebulin knockout
model [17], in which muscles were activated at various
lengths by electrical field stimulation, also revealed a leftward
shift of the force-muscle length relation of nebulin-deficient
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Figure 3: (a) Wildtype fibers have a regular structure with well-aligned sarcomeres. In nebulin-deficient fibers sarcomeres are misaligned
and the Z-disk are out of register. Arrows indicate how Z-disk displacement (ΔX) was defined. (b) Z-disk displacement is significantly
increased in nebulin-deficient fibers. (modified from Tonino et al. [27]).

muscle. Thus, the force-length relation of nebulin-deficient
muscle is altered in a manner that is consistent with the
presence of shorter thin filament lengths.

Work by Bang et al. [15] on their nebulin KO model,
using confocal microscopy on 1-day-old mice, indicated
that in the absence of nebulin thin filament lengths are
reduced from ∼1.15–1.3 μm (depending on muscle type)
in wildtype muscle to a consistent ∼1.0 μm in all muscles
types. These findings led to the proposal [1] that a nebulin-
independent mechanism specifies uniform thin filament
lengths of ∼1.0 μm in all muscle types whereas nebulin
is responsible for specifying longer thin filament lengths
in a muscle-specific manner. An opposite conclusion was
drawn by Castillo et al. [18] who used immunofluorescence
microscopy on rabbit muscle and concluded that nebulin
specifies the minimum thin filament length (∼1.0 μm) with a
nebulin-independent mechanism regulating the final length
according to the requirements of a particular muscle. It is
unclear as to what causes this apparent discrepancy between
these studies. Detecting differences in thin filament length,
especially length gradients, with high precision is challenging
and might be hard to accomplish with confocal microscopy,
as was done in the two aforementioned studies. In contrast,
Witt et al. [14] used electronmicroscopy and decorated thin
filaments with gold beads (attached to actin monomers with
the actin-binding peptide phalloidin). This made it possible
to determine thin filament length gradients and showed that
thin filaments varied in length and were on average shorter
than in wildtype muscle. Thus, this study does not support
the conclusion by Bang et al. [15] that there is a nebulin-
independent mechanism that sets a constant thin filament
length of 1.0 μm, but is consistent with the conclusion of
Castillo et al. that there is a nebulin-dependent mechanism
that sets a minimum thin filament length. To resolve these
discrepancies additional studies on a range of mouse muscle

types are needed that measure by electronmicroscopy thin
filament length and the location of nebulin’s N-terminus.
It is clear, however, from the above referenced studies that
nebulin plays a critical role in regulating thin filament length:
in its absence the average thin filament length is shorter and
force is greatly reduced.

Nebulin’s role in thin filament length regulation provides
a mechanism for the first time to explain severe muscle
weakness in patients with nemaline myopathy, a debilitating
disease frequently caused by nebulin gene mutations and
reduced nebulin protein levels [19, 20]. Indeed, muscle
fibers from patients suffering from nebulin-based nemaline
myopathy show remarkable phenotypic similarities to fibers
from nebulin KO mice, that is, shorter and non-uniform thin
filament lengths and significantly impaired force-generating
capacity [16] (see Figure 2(c)). Thus, loss of thin filament
length regulation appears to play a prominent role in the
pathogenesis of muscle weakness in patients with nemaline
myopathy.

2. Nebulin Maintains
Intermyofibrillar Connectivity

Longitudinally, sarcomeres are connected by Z-disk lattices
that anchor thin filaments and transmit force along the
myofibril. In the transverse direction, linkage of myofibrils
at the Z-disks allows for lateral force transmission and limits
the degree to which adjacent myofibrils translocate relative
to each other during active contraction or passive stretch,
thereby preventing damage to intermyofibrillar membrane
systems, such as T-tubules and the sarcoplasmic reticulum.
An important protein involved in linking adjacent Z-disks
is the intermediate filament protein desmin, which forms a
network of filaments that surrounds myofibrils at the level of
the Z-disk [21, 22]. The subunit proteins of desmin filaments
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are elongated coiled-coils with extensive intermolecular ionic
and hydrophobic interactions between individual subunits,
giving rise to filaments with high tensile strength as well
as plasticity [23]. That desmin tethers adjacent Z-disks is
supported by work on a desmin KO mouse in which Z-disk
misalignment was shown to occur in stretched muscle [24].
In vitro work, using a yeast two-hybrid approach, suggested
that desmin binds to the C-terminal region of nebulin
[25], which is anchored in the Z-disk, and recently it was
shown that nebulin modules M160–164 are involved in this
interaction [26]. These findings lead Bang et al. to speculate
that this desmin-nebulin interaction links myofibrillar Z-
disks to the intermediate filament system, thereby forming
a lateral linkage system which maintains adjacent Z-disks
in register. This role for nebulin in intermyofibrillar con-
nectivity was tested recently by studies using a nebulin KO
mouse model [27]. In these studies it was found that upon
stretch, myofibrils devoid of nebulin translocate to a much
higher degree than WT muscle, resulting in much larger Z-
disk displacement (Figure 3). Although desmin is present in
muscle devoid of nebulin, it is reduced in the intermyofibril-
lar spaces that surround the Z-disks, suggesting that nebulin
is required for proper localization of desmin at the Z-disk.
Consistent with this, both knockdown of nebulin with siRNA
and overexpression of M160–M170 did not interfere with
the formation of normal striation patterns but did prevent
desmin localization at the mature Z-disk. Thus, nebulin is
required to laterally link myofibrils at the Z-disk by desmin
filaments; in the absence of nebulin myofibrillar connectivity
is significantly reduced leading to Z-disk displacement.

In addition to linking adjacent myofibrils, evidence also
suggests that nebulin’s C-terminus regulates Z-disk width.
Z-disks of different muscles can vary greatly in width, from
less than 100 nm in fast skeletal muscle to more than 150 nm
in slow skeletal muscle [27]. The importance of regulation
of Z-disk width is illustrated by muscle from patients with
nemaline myopathy, which displays greatly widened z-disks,
including the characteristic nemaline rods [28]. Previously,
titin has been suggested to play a role in Z-disk assembly
[29]. The Z-disk region of titin contains a family of differ-
entially expressed repeats, the titin Z-repeats [29]. These Z-
repeats are a family of α-actinin-binding motifs, which are
differentially expressed in a tissue- and developmental-stage-
specific fashion [29]. As previously pointed out, it is unlikely
that the differential expression of the titin Z-repeats alone
can determine the Z-disk width, because too few isoforms
exist to account for the wide range of different Z-disk widths
[30]. Electronmicroscopy on nebulin KO fibers revealed that
nebulin-deficient muscle contains electron-dense Z-disk-like
bodies that are similar to the nemaline rod bodies that are
a hallmark of nemaline myopathy in humans [14, 15, 27].
Furthermore, in nebulin-deficient myofibrils the average Z-
disk width is increased by 40–80 nm depending on muscle
type. These findings support a model in which titin, and
nebulin together specify Z-disk width, with titin constructing
the central region of the Z-disk, including the number and
positions of α-actinin cross-links and nebulin determining
the ending of the Z-disk structure and its transition to the
I-band, that is, nebulin functions as a Z-disk terminator. The

mechanism by which nebulin terminates the Z-disk might
involve interaction between nebulin and Z-disk-localized
proteins, such as CapZ. CapZ is a barbed-end actin-capping
protein that binds near the C-terminus of nebulin [31]. In
muscle fibers devoid of nebulin [14, 31] CapZ does not
localize properly, allowing the barbed ends of thin filaments
to continue to grow beyond the Z-disk resulting in widened
Z-disks. Thus, in addition to laterally linking myofibrils
at the Z-disk, nebulin regulates Z-disk width. When this
feature of nebulin is not present, Z-disks widen, ultimately
culminating in the formation of nemaline rods.

In summary, recent studies provide evidence that nebu-
lin’s structural roles within the muscle’s sarcomere involve
(1) specifying thin filament length to optimize thin-thick
filament overlap and force production, (2) maintaining
intermyofibrillar connectivity, and (3) setting physiological
Z-disk widths. These findings provide important novel
insights into the role of nebulin in skeletal muscle structure
and function and provide new avenues for understanding
and combating the severe muscle weakness in nemaline
myopathy, a debilitating disease which is frequently caused
by nebulin deficiency.
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Nebulin is about 800 kDa filamentous protein that binds the entire thin filament of vertebrate skeletal muscle sarcomeres. Nebulin
cannot be isolated from muscle except in a completely denatured form by direct solubilization of myofibrils with SDS because
nebulin is hardly soluble under salt conditions. In the present study, nebulin was solubilized by a salt solution containing 1 M
urea and purified by DEAE-Toyopearl column chromatography via 4 M urea elution. Rotary-shadowed images of nebulin showed
entangled knit-like particles, about 20 nm in diameter. The purified nebulin bound to actin filaments to form loose bundles.
Nebulin was confirmed to bind actin, α-actinin, β-actinin, and tropomodulin, but not troponin or tropomyosin. The data shows
that full-length nebulin can be also obtained in a functional and presumably native form, verified by data from experiments using
recombinant subfragments.

1. Introduction

Single molecules of nebulin (the precise molecular weight
expressed in a certain tissue depends on the respective splice
isoform; for a 773 kDa species, see [1]) associate along
the entire length of the thin filament of vertebrate skeletal
muscle. Therefore, nebulin is thought to be a molecular ruler
for determining length of ∼1 μm [2–4]. To ascertain such
potential of nebulin, its effect on the length of actin filaments
should be examined in vitro. However, nebulin has not been
successfully isolated from skeletal muscle due to difficulties
in solubilization under salt conditions, although isolation of
a completely denatured nebulin has been achieved by gel
filtration of SDS-solubilized myofibrils [5].

Complete sequencing of human nebulin by Labeit and
Kolmerer showed that a large portion (97%) of nebulin
comprises 185 repeats of approximately 35 amino acids with
a central consensus sequence of SDXXYK [1].

In the sarcomere, the N-terminal region of nebulin
localizes at the pointed end of the thin filaments, central
region along the thin filaments, and C-terminal region in
the Z-line [2]. Each nebulin repeat (SDXXYK) can bind to

actin [6–8], while nebulin repeats 1–3 bind to tropomodulin
[9], 163–170 bind to desmin [10], 185–SH3 domain bind to
connectin (also called titin) [11], and the SH3 domain binds
to myopalladin [12] and β-actinin (also called CapZ) [11].

In 2009, Yadavalli et al. reported that they extracted
full-length nebulin from rabbit longissimus dorsi muscle
using 0.45% sodium deoxycholate (DOC), and then purified
it with an NaCl gradient in the presence of 0.45% DOC.
However, the detailed preparation method has not been
published yet [13].

In the present study, we describe the purification of
nebulin from rabbit skeletal muscle. For solubilization, 1 M
urea was required, and during purification, 4 M urea were
employed. Using these conditions, a purification procedure
for nebulin was developed. The purified nebulin was con-
firmed to bind actin filaments and to form loose bundles,
and therefore was able to adopt a folded state.

2. Materials and Methods

2.1. Protein Preparations. Actin was prepared from an ace-
tone powder of rabbit skeletal muscle by the method of
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Spudich and Watt [14] and further purified by gel filtration
through a Sephadex G-150 column equilibrated with 0.2 mM
ATP, 0.1 mM CaCl2, 0.01% NaN3, and 2 mM Tris/HCl,
pH 8.0. β-Actinin was purified from rabbit skeletal muscle
as reported by Maruyama et al. [15], and α-actinin was
prepared from rabbit skeletal muscle by the method of
Goll et al. [16]. Tropomodulin was isolated from rabbit
skeletal muscle as described previously [17]. Tropomyosin
was extracted from actin-extracted acetone powder of rabbit
skeletal muscle and purified according to Woods [18], and
troponin was prepared from rabbit skeletal muscle using
the method described by Ebashi et al. [19]. The purity
of the binding partners (actin, tropomyosin, troponin,
tropomodulin, and β-actinin) was described in Figure 1 of
the tropomodulin paper in 1999 [17], and the purity of α-
actinin was described at lane 2 in Figure 6 of the amphioxus
nebulin paper in 2009 [20].

2.2. SDS-Polyacrylamide Gel Electrophoresis (PAGE) and
Immunoblotting. Isolated protein samples were resolved by
SDS-PAGE using 2–15% gradient polyacrylamide gels, and
then transferred to nitrocellulose membranes. Membranes
were treated with primary antibodies followed by secondary
horseradish-labeled antibodies (Dako). Polyclonal antibod-
ies to nebulin (PcNeb) [21], actin (A2066, Sigma-Aldrich),
and connectin (Pc1200) [22] and the monoclonal antibody
to connectin (Mc3B9) [23] were used.

2.3. Electron Microscopy. Negative staining was examined
using 2% uranylacetate with the JEOL JEM-100S electron
microscope.

2.3.1. Rotary-Shadowed Electron Microscopy. A purified neb-
ulin solution in 50% glycerol was dropped onto a mica
plate. In the case of centrifuging, the mica-taped rotor was
centrifuged for 25 s at 12, 000 × g as previouly reported [24–
26]. The sample was rotary-shadowed at 7.5◦ with platinum-
carbon, followed by carbon on the uncooled specimen
stage of a JEOL JFD-9000 freeze fracture apparatus. The
resulting specimen was observed under a JEOL 100S electron
microscope.

2.4. Binding Tests by Cosedimentation. Nebulin from modi-
fied purification was dialyzed against 0.18 M KPO4 (pH 7.0),
0.1 mM MgCl2, 0.1 mM EGTA, and 0.5 M urea overnight
and then centrifuged for 30 minutes at 56, 000 × g. The
supernatant of nebulin was mixed with G-actin in 0.11 M
KPO4, 0.27 mM ATP, 0.1 mM MgCl2, and 0.31 M urea,
pH 7.0 at 4◦C for 20 hours. The mixture was centrifuged
(6, 000× g, 4◦C, 30 min), and the supernatant and pellet were
diluted with SDS sample buffer and subjected to SDS-PAGE.

2.5. Binding Tests by Far Western Blotting. Proteins (0.2 μg)
adsorbed onto a nitrocellulose membrane were first blocked
with 0.2% gelatin in Tris-buffered saline and then incubated
in nebulin solution (0.18 M KPO4 (pH 7.0), 0.1 mM MgCl2,
0.1 mM EGTA, and 0.5 M urea) (15 μg/ml) for 20 hours
at 4◦C. After washing, the membrane was treated with
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Figure 1: Purification of nebulin from rabbit skeletal muscle by
DEAE-Toyopearl column chromatography. A muscle extract in
0.18 M KPO4 (pH 7.0), 0.2 mM ATP, 0.1 mM MgCl2, 0.1 mM EGTA,
and 1 M urea was loaded to DEAE-Toyopearl column and linear
urea gradient up to 4 M was applied. (A) SDS-PAGE patterns of
each fraction of (B), (B) Elution pattern. a, applied sample; b, flow-
through fraction; c–e, eluted fraction; f, overnight fraction with
4 M urea; HyAp, purified nebulin using hydroxylapatite column
chromatography.

antinebulin polyclonal antibody [21] followed by secondary
horseradish-labeled antibodies (Dako).

3. Results

3.1. Isolation of Nebulin from Rabbit Skeletal Muscle. Pre-
liminary trials to solubilize nebulin from rabbit skeletal
myofibrils proved unsuccessful under conventional salt con-
ditions. However, with the addition of 1 M urea, a solution
containing 0.18 M KPO4 (pH 7.0) and 0.1 mM EGTA could
solubilize nebulin together with myosin, actin, and other
muscle proteins. Purification by DEAE-Toyopearl column
chromatography yielded a fraction containing nebulin and
actin. However, it was very difficult to separate the two
proteins. Thus, we modified the procedure to prevent actin
from denaturation.

Rabbit skeletal muscle (approximately 120 g) was briefly
homogenized in 1 L of 50 mM KCl solution containing
1 mM NaHCO3 and 1 mM EGTA and then sedimented by
centrifugation for 6 minutes at 5, 000 × g, and all procedures
were carried out at 4◦C. The precipitate was suspended in
the same solution and recentrifuged. This procedure was
repeated four times. After washing with 5 mM NaHCO3, the
pellet was extracted with 1 L of 0.2 M NaPO4 (pH 7.0) to
remove connectin and then with 0.3 M KCl-0.15 M KPO4

(pH 7.0) to remove myosin. The pellet was washed three
times with cold 0.1 mM MgCl2, and the swollen precipitate
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Figure 2: Immunoblot detection of purified nebulin. (a) SDS
extract of whole rabbit back muscle, (b) nebulin fraction. (1) Amido
black stained nitrocellulose sheets, (2) treated with PcNeb, (3)
treated with Pc1200, (4) treated with Mc3B9, (5) treated with actin.

was extracted at 4◦C for 15 minutes with an equal volume of
the same precipitate in a solution with a final concentration
of 0.18 M KPO4 (pH 7.0), 0.2 mM ATP, 0.1 mM MgCl2,
and 0.1 mM EGTA, plus 1 M urea, which was required for
nebulin extraction (Figure 1(A)-a). The sample was loaded
onto the DEAE-Toyopearl 650 M column (1.9 × 18 cm)
equilibrated with 0.18 M KPO4 (pH 7.0), 0.1 M MgCl2,
0.1 mM EGTA, and 1 M urea, where a large amount of
solubilized myosin and other proteins were not absorbed on
the DEAE-Toyopearl resin (Figure 1(A)-b). Bound proteins
were eluted by a gradient of 1 to 4 M urea. Actin and nebulin
were eluted at around 2 M (Figure 1(A)-c) and 3 M (Figures
1(A)-d and 1(A)-e) urea, respectively. Further elution with
4 M urea overnight (0.02-0.03 mg/ml) was more effective
at eluting nebulin (Figure 1(A)-f); however, these fractions
contained traces of connectin (also called titin) (Figures
1(A)-e and 1(A)-f). The eluates were dialyzed against 0.18 M
KPO4 (pH 7.0), 0.1 mM MgCl2, 0.1 mM EGTA, and 2 M urea
and then centrifuged for 30 minutes at 12, 000 × g. The
supernatant was loaded onto the hydroxylapatite column
equilibrated with the dialysis solution. As connectin was
adsorbed onto the column, nebulin alone was obtained as the
flow through fraction (Figure 1(A)-HyAp), but in low yield:
0.03–0.06 mg nebulin (from 120 g rabbit skeletal muscle).

Immunoblotting clearly showed specific reaction to
the purified nebulin fraction using anti-nebulin antibody
(Figure 2(b)-2); no reaction was observed for anti-actin
and anti-connectin antibodies (Figures 2(b)-3, 2(b)-4, and
2(b)-5).

3.2. Modified Purification Method for Nebulin. The protein
yield was too low because our procedure was a pared prepa-
ration of nebulin. Therefore, we modified the procedure
to improve the overall yield of nebulin. First, the well-
washed myofibrils were extracted with 0.18 M KPO4 (pH
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Figure 3: Modified purification of nebulin from rabbit skeletal
muscle by DEAE-Toyopearl column chromatography. A muscle
extract in 0.18 M KPO4 (pH 7.0), 0.1 mM MgCl2, 0.1 mM EGTA,
and 1 M urea was loaded to DEAE-Toyopearl column and linear
urea gradient up to 4 M was applied. (A) SDS-PAGE patterns of
each fraction of (B), (B) Elution pattern. a, applied sample; b, flow-
through fraction; c–e, eluted fraction; f, overnight fraction with 4 M
urea.

7.0), 0.1 mM MgCl2, 0.1 mM EGTA, and 1 M urea without
the addition of ATP, which resulted in a smaller amount
of extracted myosin (Figure 3(A)-b) than for extraction in
the presence of ATP (Figure 1(A)-b). Consequently, nebulin
was extracted to a larger extent under the same DEAE-
Toyopearl column chromatography conditions described
above. Overnight reelution with 4 M urea thus resulted in
a nebulin solution of 1∼ 1.5 mg/ml, although it was slightly
contaminated with actin (Figure 3-f)).

3.3. Electron Microscopy of Isolated Nebulin. Rotary shad-
owing was applied to purified nebulin samples for visual-
ization of its electron microscopic structure. The nebulin
fraction contaminated with traces of connectin (prior to
hydroxylapatite chromatography, Figures 1(A)-e and 1(A)-
f) showed a number of particles and few entangled filaments
(data not shown). Upon further purification of nebulin, the
entangled filaments disappeared leaving only small particles
(Figure 4), indicating that the filaments were contaminated
with connectin molecules, as has been reported previously
[25].

The remaining particles having approximately 20-nm in
diameter were regarded to be nebulin molecules (Figure 4).
The particles had an irregular shape and formed a compact
bundle of actin filaments, suggesting a densely aggregated
form of the long nebulin molecule. Further application of
centrifugal forces to extend these filamentous molecules as
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Figure 4: Rotary shadowed images of purified nebulin from rabbit
back muscle. (a) typical images of nebulin molecules. (b), enlarged
images of arrow at (a). Bar, 200 nm.
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Figure 5: Binding of purified nebulin and F-actin examined by
cosedimentation. (a) nebulin only, (b) actin only, (c) nebulin +
actin. (S) supernatant after centrifugation, (P) pellet after centrifu-
gation. Nebulin and actin were mixed in 0.11 M KPO4, 0.31 M urea,
0.27 mM ATP, and 0.1 mM MgCl2, pH 7.0. Electrophoresis was
performed on a 2–15% polyacrylamide gel.

previously performed for connectin [24–26] failed to change
the particle shape of nebulin.

3.4. Interaction of Actin with Purified Nebulin. Purified neb-
ulin was clarified by ultracentrifugation (30 min, 56, 000 ×
g) and then mixed with G-actin. To polymerize G-actin,
the solution conditions were changed to 0.11 M KPO4 (pH
7.0), 0.31 M urea, 0.27 mM ATP and 0.1 mM MgCl2. The
concentration of G-actin and nebulin was 0.2 mg/ml and
19 μg/ml, respectively, giving a 1 : 188 molar ratio of nebulin
to actin. After 20 hours incubation at 4◦C, the samples
were centrifuged for 30 minutes at 6, 000 × g. As shown in
Figure 5, nebulin coprecipitated with actin whereas nebulin
alone did not precipitate; a small amount of actin alone
was also precipitated. Thus, the large bundles of actin
filaments were formed in the presence of nebulin, which was
verified by negative-stained electron micrographs (Figure 6).

These bundles were 30∼ 50 μm long and 0.05–0.13 μm wide,
containing 10- to 20-nm-diameter patches thought to be the
nebulin particles.

3.5. Binding of Thin Filament Proteins to Purified Nebulin.
The interaction of nebulin with several actin-binding pro-
teins was examined by far western blot analysis. As shown in
Figure 7, α-actinin and F-actin strongly bound to nebulin. β-
Actinin and tropomodulin weakly bound to nebulin, while
troponin and tropomyosin showed no binding ability.

4. Discussion

Since nebulin is very insoluble in salt, until now it could only
be extracted and purified in the presence of a detergent such
as SDS [5]. In this study, however, we were able to extract
nebulin from the skeletal muscle of a rabbit by adding 1 M
urea to 0.18 M KPO4 (pH 7.0). However, when we removed
all of the urea from this nebulin crude extract solution by
dialysis, the solubility of the nebulin deteriorated remarkably,
and most of it precipitated. Therefore, in order to prevent
nebulin from interacting with other proteins and decreasing
its solubility, we purified it by column chromatography in the
presence of urea.

We also tried eluting the nebulin from an ion-exchange
column chromatography in a salt concentration gradient, but
we were unable to remove the contaminants. We therefore,
used a urea concentration gradient for elution. After the
elution in the urea concentration gradient was complete,
we let the nebulin stand for 12 hours and eluted it again.
Consequently, we obtained a high-concentration fraction
of nebulin. The reason we were able to obtain this high-
concentration fraction of nebulin after the second elution,
not after the first elution, might be that the nebulin needed
time to dissociate from the resin in the column chromatog-
raphy since the urea with which the nebulin was eluted
was at a concentration of 4 M, the minimum concentration
necessary for the elution. In this study, we were unable to
perform a circular dichroism spectra measurement of the
purified nebulin because its content was too low. However,
the results of electron microscopic observation and the fact
that nebulin could bind to actin suggested that the purified
nebulin corresponded at least to a significant extent to a
folded state.

Since nebulin is known to exist along thin filaments
in skeletal muscle sarcomeres, it is thought to have a fila-
mentous molecular shape. However, observation of isolated
nebulin by the rotary shadowing method revealed that its
molecular shape was not filamentous but a lump with about
20 nm in diameter (Figure 4). Both in the nebulin fraction
obtained in the low urea concentration and the nebulin
solution whose urea concentration was reduced by dialysis,
the shape of nebulin was same as the nebulin eluted in 4 M
urea. Even when the nebulin was dialyzed in pH 9.0 solution
because the pI of nebulin is 9.3 [1], we did not see any
change in this shape. Furthermore, even though we tried
elongating the nebulin molecules by centrifuging them just
like connectin, we were unable to see any change in molecular
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Figure 6: Negative-stained electron micrographs of actin filaments under the influence of purification nebulin. (a) nebulin only, 19 μg/ml;
(b) actin only, 0.2 mg/ml; (c and d) actin (0.2 mg/ml) was mixed with nebulin (19 μg/ml) in 0.11 M KPO4, 0.31 M urea, 0.27 mM ATP and
0.1 mM MgCl2, pH 7.0. Bar, 200 nm.

shape. We were also unable to elongate the lump-shaped
molecules even when we used nonionic or amphoteric
detergent. However, when we used the anionic detergent
SDS, the lumped-shape molecules mostly disappeared, and
we observed amorphous images (data not shown). These
results suggest that since nebulin molecules are insoluble
in salt, they become entangled after they are isolated from
skeletal muscle. In contrast, the filamentous form of nebulin
in skeletal muscle sarcomeres is probably maintained by their
interaction with actin.

In this study, a cosedimentation assay revealed that neb-
ulin isolated from skeletal muscle bound to actin (Figure 5).
Other studies have verified by the ELISA method and by
cosedimentation assays that the protein which is a part of the
nebulin expressed in Escherichia coli bound to actin [6, 27–
32], and the binding results of our study are consistent with
the results of these studies.

Based on the contents of total proteins in muscle in
vivo, it has been calculated that there are 2 molecules of
nebulin per thin filament [2, 4]. Furthermore, since it has
been estimated from the primary structure that 1 molecule of
actin corresponds to 1 module of nebulin in a thin filament
[1, 3, 4], human nebulin is calculated to interact with 185
actin molecules. We performed a cosedimentation assay of
nebulin with actin at a ratio based on this calculation, but
not all of the actin precipitated, and only part of it bound to
nebulin (Figure 5). This may have been because only part of
the actin-binding site of nebulin acts on actin.

On the other hand, the assay also showed that actin
filaments were bundled by nebulin (Figure 6(c)). In 1998,
Gonsior et al. reported that actin filament bundles were
formed by the mixing of F-actin and proteins of 6 nebulin
modules expressed in E. coli [31]. In our study, the bundles
of actin filaments formed by the purified nebulin were
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Figure 7: Binding of thin filament proteins to purified nebulin
by far western blot analysis. Proteins (0.2 μg) adsorbed onto
a nitrocellulose membrane were incubated in nebulin reaction
solution (0.18 M KPO4, 0.1 mM MgCl2, 0.1 mM EGTA, and 0.5 M
urea, pH 7.0) for 20 hours at 4◦C. Amido black: amido black
staining; +nebulin: incubation in nebulin (15 μg/ml), −nebulin:
incubation in reaction solution alone.

morphologically similar to these bundles. The fact that the
cosedimentation assay showed binding between nebulin and
actin at a relatively weak centrifugal force also suggests that
actin may be bundled by nebulin.

A widely accepted present day theory about the role of
nebulin is the molecular ruler theory, which says that nebulin
regulates the length of thin filaments. In skeletal muscle sar-
comere, it has been shown that the barbed-end (fast-growing
end) of thin filaments is capped by β-actinin at the Z line,
while the pointed-end (slow-growing end) of the filaments
is capped by tropomodulin (TMD)[33, 34]. Erythrocyte
tropomodulin (E-TMD) and skeletal muscle tropomodulin
(Sk-TMD) among four tropomodulin isoforms have a
function of length regulation of actin filaments. However,
McElhinny et al. have revealed that Sk-TMD binds to nebulin
with higher affinity than E-TMD does, and suggested that
TMD and nebulin may work together as a linked mechanism
to control thin filament lengths in skeletal muscle [9]. In
this experiment, even though actin was polymerized in
the presence of purified nebulin, the lengths of the actin
filaments were not uniform. This may have been because
actin-capping proteins were not added. In the future, it will
be necessary to add β-actinin and Sk-TMD and investigate
the interactions between purified nebulin and actin.

α-Actinin is a major component of the Z-line and several
different approaches have been used to dissect the set of
interactions made by nebulin within the Z-disk lattice. In
1990, Nave et al. showed that chicken nebulin binds to α-
actinin by far western blot analysis [35], while in 1999,
Moncman and Wang used an ELISA method to show that
the SH3 domain of human nebulin binds to α-actinin [36].
However, this was contradicted in 2000 by Ojima et al.
who used the GST-pull down method to reveal that such
binding does not occur [37]. In 2001, Bang et al. reported
that the SH3 domain of human nebulin binds to the newly
discovered protein myopalladin, and that the orientation of
nebulin to the Z-line is maintained through the binding

of myopalladin to α-actinin [12]. Thus, regarding binding
between α-actinin and nebulin, the contradict results have
been reported. In our study, the results of far-western blot
analysis showed that purified nebulin binds directly to α-
actinin. Since the C-terminal region of nebulin localizes at
the Z-line in sarcomere, nebulin and α-actinin may bind
directly and the C-terminal region of nebulin is probably
linked to the Z-line.

The N-terminal region of nebulin is known to bind to
TMD which is a pointed end actin-capping protein [9], and
the C-terminal region of nebulin is known to bind to β-
actinin, which is a barbed end actin-capping protein. Our
study showed that purified nebulin also bound to both TMD
and β-actinin even though the reaction was weak (Figure 7).
The reason that this binding is weak may be that the binding
region of the nebulin molecule is at its terminus and is only
a small portion of the entire molecule. Our study and others
have shown that nebulin binds to actin capping proteins on
both ends of the actin filaments. This result supports the idea
that nebulin regulates the length of actin filaments.

Because nebulin is extremely insoluble in salt, biochemi-
cal analysis has not yet made progress. The novel purification
method described here is likely to support future functional
studies on nebulin since it provides a full-length source of
nebulin peptide that allows to further study its role in thin
filament assembly and its potential ruler functions.

5. Conclusion

In this study, nebulin was solubilized by 0.18 M KPO4 (pH
7.0) solution containing 1 M urea and purified by DEAE-
Toyopearl column chromatography via 4 M urea elution. The
nebulin molecule took on a lump-like molecular shape, and
we were unable to observe any molecular-ruler function.
However, since the nebulin purified by the present method
bound to actin and actin-capping proteins (β-actinin and
tropomodulin), this nebulin may have retained some of its
in vivo functions. In the future, it may become important to
perform more detailed investigations of nebulin’s biochemi-
cal characteristics, such as whether isolated nebulin retains its
high-order structure. It may also become important to keep
the concentration of urea low when purifying nebulin.
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Mutations in sarcomeric proteins have recently been established as heritable causes of Restrictive Cardiomyopathy (RCM). RCM is
clinically characterized as a defect in cardiac diastolic function, such as, impaired ventricular relaxation, reduced diastolic volume
and increased end-diastolic pressure. To date, mutations have been identified in the cardiac genes for desmin, α-actin, troponin
I and troponin T. Functional studies in skinned muscle fibers reconstituted with troponin mutants have established phenotypes
consistent with the clinical findings which include an increase in myofilament Ca2+ sensitivity and basal force. Moreover, when
RCM mutants are incorporated into reconstituted myofilaments, the ability to inhibit the ATPase activity is reduced. A majority
of the mutations cluster in specific regions of cardiac troponin and appear to be mutational “hot spots”. This paper highlights the
functional and clinical characteristics of RCM linked mutations within the troponin complex.

1. Introduction

Cardiac contractility is governed by the thin filament reg-
ulatory proteins, cardiac troponin (cTn) and tropomyosin
(Tm), and available levels of intracellular free calcium
([Ca2+]i). Cardiac troponin is located at regular intervals
along the thin filament and consists of three subunits: cardiac
troponin C (cTnC), troponin I (cTnI), and troponin T
(cTnT). The cTn complex plays an important role in the
regulation of striated muscle contraction. Within the cTn
complex, cTnC acts as a Ca2+ sensor which confers Ca2+

sensitivity to muscle contraction [1]. Cardiac TnI is the
inhibitory subunit, primarily functioning to prevent actin
and myosin from interacting in the absence of Ca2+. The
cTnT subunit binds to tropomyosin (Tm) and is responsible
for transmitting the Ca2+ binding signal from cTn to Tm.
During systole, the rise in [Ca2+]i allows binding of Ca2+ to
the regulatory site of cTnC which leads to the movement of
Tm over the actin filament. This permits myosin to interact
with actin, subsequently leading to the generation of muscle
tension [2]. Alternatively in diastole, the [Ca2+]i levels
decline and Ca2+ dissociates from cTnC, allowing Mg2+ to
bind to the C-terminal sites. This enables the muscle to relax
and allows ventricular filling to occur. Currently, only cTnI

and cTnT have been linked to restrictive cardiomyopathy
(RCM) since no mutations have been identified in cTnC
yet. Notably, mutations in sarcomeric proteins have the
potential to disrupt essential thin filament interactions which
can lead to the enhanced Ca2+ sensitivity of contraction,
arrhythmogenesis, cardiomyopathy and even sudden cardiac
death (SCD) [3]. This paper will address the clinical aspects,
as well as the functional studies reported to date for the
known troponin mutations associated with RCM.

2. Troponin and Cardiac Muscle Regulation

The functional roles of the individual cTn subunits are
distinct and involve complex short and long range protein-
protein interactions. The binding of Ca2+ to the regulatory
site of cTnC evokes the minimal exposure of a hydrophobic
cleft within the N-domain of cTnC. This enables the
regulatory region of cTnI (residues 148–163) to associate
with cTnC [4, 5]. Structural analysis has determined that
cTnI interacts with cTnC in an antiparallel manner [5,
6]. The association of cTnI with cTnC in the presence
of Ca2+ facilitates the release of cTnI’s inhibitory region
(residues 128–147) from actin [7]. When cTnI dissociates
from actin, Tm changes its conformation and allows for
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the full interaction of myosin heads with actin [1]. Current
models propose that thin filament activation is regulated
by Ca2+ binding to cTnC which influences the number of
accessible cross-bridges by shifting the equilibrium from
weakly (nonforce-producing) to strongly (force-producing)
bound cross-bridges [8, 9].

Cardiac TnI has a unique feature absent in the fast and
slow skeletal muscle isoforms such that it possesses a 30-
amino acid N-terminal extension which contains two Protein
Kinase A (PKA) phosphorylation sites (Ser 22 and 23) [10,
11]. Activation of PKA by β-adrenergic stimulation enhances
the rate of cross-bridge cycling and increases the rate of Ca2+

uptake by the sarcoplasmic reticulum [12–14]. Both of these
phenomena contribute to the lusitropic effect associated with
phosphorylation by PKA [15–17]. Occasionally, troponin
mutations may interfere with the processes involved with
thin filament phosphorylation and diminish the subsequent
Ca2+ desensitizing effects.

The thin filament undergoes activation due to important
associations coordinated by cTnT. The N-terminal region
of cTnT anchors cTn to Tm and this interaction modulates
ATPase activation when Ca2+ concentrations achieve thresh-
old levels [18]. Cardiac TnT has two main interactions with
Tm. The first is located in the N-terminus of cTnT and is
Ca2+ dependent [19]; and the second is located in the C-
terminal portion of cTnT which also interacts with cTnC
and cTnI [19, 20]. In addition to anchoring cTn to the
thin filament, cTnT has a critical role in the activation of
actomyosin ATPase activity [21]. When cTnT is combined
with cTnI-cTnC, the actomyosin ATPase is activated in a
Ca2+-dependent manner. Critical to this process is the region
of overlap that exists between TnT1 (residues 1–158) at the
head-to-tail junction of two adjacent Tm molecules [22, 23].
These interactions confer cooperativity to muscle activation
when Ca2+ reaches threshold levels [24]. Inhibition of
contraction is dependent on cTnI; however, in the absence
of TnI, both TnT and TnT1 are able to inhibit the actin
activated myosin subfragment-1 (S1) ATPase [22, 25].

3. Restrictive Cardiomyopathy in Humans

RCM is a rare cardiac disorder that manifests primarily as
an abnormality of diastolic filling which is also reported as a
reduced ventricular compliance or increased stiffness [26].
This results in a restriction of ventricular filling (reduced
diastolic volume) and an increase in end-diastolic pressure
while maintaining normal to near normal systolic function
[27]. Clinically, RCM presents in patients as dyspnea and
pulmonary edema [28]. Generally, both atria become dilated,
which is likely due to the restriction of ventricular filling.
The heart may not be enlarged and the septal and ventricular
wall thickness dimensions are minimally affected [29]. Over
time, the systolic function declines as the disease approaches
end stages and ultimately results in heart failure [30]. The
prognosis of RCM is poor, especially in pediatric cases
where heart transplantation is often the only preferred
treatment. SCD is prevalent in pediatric RCM with a two-
year mean survival rate for pediatric cases reaching ∼50%
after diagnosis [30–33]. SCD is also prevalent in pediatric

RCM cases that display electrocardiographic evidence of
ischemia [30].

Several studies confirmed that restrictive cardiomyopa-
thy can be inherited in a familial manner (see Table 1). The
first study in 1992 reported the familial inheritance of a
disease that resembled RCM and Hypertrophic Cardiomy-
opathy (HCM) [34]. In 2003, Mogensen and colleagues
firmly established that troponin I mutations were etiological
causes of RCM [35]. In one case, after evaluating a child
and his mother for RCM, examination of the extended
family revealed that 12 individuals had died suddenly, with
the surviving relatives presenting symptoms of heart disease
[35]. Linkage analysis identified a novel missense mutation
(D190H) in a conserved region of the cTnI gene (TNNI3)
that cosegregated in family members presenting symptoms
of cardiac disease. This study also included unrelated patients
with idiopathic RCM (IRCM) to assess if a genetic basis
could be determined. Genetic analysis of several pediatric
IRCM patients identified two different de novo mutations
(R192H and K178E) in the TNNI3 gene. Additional patients
with adult onset IRCM were also evaluated and the genetic
analysis revealed three more mutations in the TNNI3 gene
(R145W, A171T, and L144Q) [35]. Notably, these mutations
cluster in specific regions of cTnI that participate in impor-
tant thin filament interactions.

Since 2005, numerous mutations linked to RCM have
been identified in the TNNI3 gene. A study utilizing a can-
didate gene approach identified the deletion of a nucleotide
in the TNNI3 gene that causes a frame shift in codon 168
from a 23-year-old patient diagnosed with RCM [36]. This
deletion resulted in a premature stop codon at position 176
which leads to the expression of a C-terminal truncated
mutant protein. During a six-year follow-up, the patient’s
heart had undergone progressive and concentric remodeling
of the left ventricle. A strong family history was also present
as the patient’s father had experienced SCD at age 29 and
two pregnant relatives experienced intrauterine fetal death
in their third trimester. At least two family members under
the age of 1 year had suddenly died. The authors established
that the frame shift mutation caused a 50% decrease in the
myocardium’s total cTnI content while the truncated cTnI
was undetectable. These results suggest that the frame shift
exerted its deleterious effects through haploinsufficiency.
This might be due to cTnI degradation or the failure of
the mutant cTnI to associate with the thin filament. In
any event, the reduced cTnI content may lead to altered
interactions of cTn with the actin-tropomyosin complex that
resulted in severe diastolic dysfunction within this family
[36].

In 2008, Kaski et al. identified two other cTnI mutations
from two pediatric RCM patients [37]. The first was a de
novo substitution (K178E) identified in a 7-year-old girl
who had biatrial enlargement, abnormal sinus rhythm and
ST-T waves. Histological evaluation of her cardiac tissue
revealed cardiomyocyte disarray. The second, identified in a
6-year-old girl, was a novel deletion of two nucleotides that
resulted in a frame shift at residue 177 and the occurrence
of a premature stop codon at residue 209. Her electrocar-
diogram also revealed abnormalities in sinus rhythm and



Journal of Biomedicine and Biotechnology 3

T
a

bl
e

1:
C

lin
ic

al
da

ta
w

er
e

co
lle

ct
ed

fr
om

in
vi

vo
an

d/
or

ex
vi

vo
hu

m
an

an
d

tr
an

sg
en

ic
m

ic
e

h
ea

rt
s

co
n

ta
in

in
g

th
e

R
C

M
-a

ss
oc

ia
te

d
m

u
ta

ti
on

.T
h

e
di

ag
n

os
is

of
R

C
M

w
as

gi
ve

n
on

th
e

ba
si

s
of

ec
h

oc
ar

di
og

ra
ph

ic
,e

le
ct

ro
ca

rd
io

gr
ap

h
ic

,a
n

d/
or

ca
rd

ia
c

ca
th

et
er

iz
at

io
n

ex
am

in
at

io
n

.T
h

e
m

ax
im

al
w

al
lt

h
ic

kn
es

s
(M

W
T

)
w

as
m

ea
su

re
d

fr
om

th
e

se
pt

al
or

fr
ee

w
al

l(
or

bo
th

).
In

vi
tr

o
da

ta
w

er
e

co
lle

ct
ed

fr
om

sk
in

n
ed

ca
rd

ia
c

m
u

sc
le

pr
ep

ar
at

io
n

s
re

co
n

st
it

u
te

d
w

it
h

th
e

m
u

ta
n

t
or

ex
pr

es
se

d
as

a
tr

an
sg

en
e

pr
od

u
ct

.
T

h
e

m
ax

im
al

fo
rc

e
an

d
A

T
Pa

se
ge

n
er

at
in

g
ca

pa
bi

lit
ie

s
(m

ax
fo

rc
e/

A
T

Pa
se

)
w

er
e

te
st

ed
in

h
ig

h
[C

a2+
];

w
h

er
ea

s
th

e
ab

ili
ty

of
th

e
m

u
sc

le
to

re
la

x
or

in
h

ib
it

th
e

A
T

Pa
se

ac
ti

vi
ty

(r
el

ax
/i

n
h

ib
it

)
w

as
m

ea
su

re
d

in
lo

w
[C

a2+
].

�p
C

a 5
0
,–

lo
g[

C
a2+

] f
re

e
at

w
h

ic
h

50
%

of
th

e
m

ax
im

al
re

sp
on

se
oc

cu
rs

(–
or

+
de

n
ot

es
an

in
cr

ea
se

or
de

cr
ea

se
in

th
e

C
a2+

se
n

si
ti

vi
ty

,r
es

p.
).

B
A

:b
ot

h
at

ri
a;

D
P

:d
ia

st
ol

ic
pr

es
su

re
;E

/A
:r

at
io

of
ea

rl
y

di
as

to
lic

fi
lli

n
g

[E
]

to
at

ri
al

fi
lli

n
g

[A
];

E
F:

ej
ec

ti
on

fr
ac

ti
on

;I
F:

im
pa

ir
ed

fi
lli

n
g;

IR
T

:i
n

tr
av

en
tr

ic
u

la
r

or
is

ov
ol

u
m

ic
re

la
xa

ti
on

ti
m

e;
LV

:l
ef

t
ve

n
tr

ic
le

;L
V

O
T

O
:L

V
ou

tfl
ow

tr
ac

t
ob

st
ru

ct
io

n
;S

C
D

:s
u

dd
en

ca
rd

ia
c

de
at

h
;N

D
:n

ot
de

te
rm

in
ed

.

P
ro

te
in

M
u

ta
ti

on
ex

an
d

in
vi

vo
pr

op
er

ti
es

In
vi

tr
o

eff
ec

ts
R

ef
.

M
W

T
ra

n
ge

(m
m

)
D

ia
st

ol
ic

Sy
st

ol
ic

E
n

la
rg

ed
SC

D
�p

C
a 5

0
M

ax
Fo

rc
e/

A
T

Pa
se

R
el

ax
/i

n
h

ib
it

io
n

In
/e

x
vi

vo
In

vi
tr

o

T
n

T
�E

96
n

or
m

al
IF

, ↑
D

P,
↑E

/A
↓E

F
LV

,B
A

u
n

cl
ea

r
+

0.
43

n
o

�
or
↑

↓
[3

3]
[3

8]
E

13
6K

n
or

m
al

IF
,↓

IR
T,
↑D

P,
↑E

/A
P

re
se

rv
ed

B
A

u
n

cl
ea

r
N

D
N

D
N

D
[3

7]

T
n

I

L1
44

Q
,R

14
5W

≤1
5

IF
,↓

IR
T,
↑D

P,
↑E

/A
,L

V
O

T
O

P
re

se
rv

ed
LV

,B
A

ye
s

+
0–

0.
30

↓o
r
↑

↓
[3

5,
39

]
[4

0–
43

]
A

17
1T

≤1
4

IF
,↓

IR
T,
↑E

/A
P

re
se

rv
ed

LV
,B

A
n

o
+

0.
14

–0
.3

0
↓

↓
[3

5]
[4

0–
42

]
K

17
8E

≤1
5

IF
,↓

IR
T,
↑E

/A
P

re
se

rv
ed

LV
,B

A
n

o
+

0.
15

–0
.4

7
↓

↓
[3

5,
37

]
[4

0–
42

]
D

19
0H

/G
15

–1
7

IF
,↓

IR
T,
↑E

/A
P

re
se

rv
ed

LV
,B

A
ye

s
+

0.
17

–0
.3

0
n

o
�

↓
[3

5]
[4

0,
42

,4
4]

R
19

2H
10

–1
7

IF
,↓

IR
T,
↑E

/A
P

re
se

rv
ed

LV
,B

A
ye

s
+

0.
28

–0
.3

6
↓

↓
[3

5,
45

]
[4

0,
41

,4
4,

46
]

R
20

4H
11

–1
3

IF
,↑

D
P

P
re

se
rv

ed
B

A
ye

s
N

D
N

D
N

D
[4

7]
E

17
7

fs
X

20
9

n
or

m
al

IF
,↓

IR
T,
↑D

P,
↑E

/A
P

re
se

rv
ed

B
A

u
n

cl
ea

r
N

D
N

D
N

D
[3

7]
D

16
8

fs
X

17
6

10
–1

1
IF

, ↓
IR

T,
↑D

P,
↑E

/A
P

re
se

rv
ed

B
A

ye
s

N
D

N
D

N
D

[3
6]



4 Journal of Biomedicine and Biotechnology

ST-T waves. Morphologically, her heart presented with bi-
atrial enlargement and dysplastic coronaries. Histological
evaluation showed cardiomyocyte disarray [37]. The authors
suggested that de novo mutations that arise in sarcomeric
proteins are generally associated with an earlier onset of the
disease and a more deleterious prognosis. These mutations
may result from germ line mosaicism [48] or somatic
mutations that occur in heart progenitor cells [49].

Another HCM-associated TNNI3 mutation (R204H)
was recently identified in a young girl that developed bi-
atrial enlargement during her early teenage years which
developed into RCM. Her brother had died suddenly at age
18. Subsequently, she was under clinical observation and
developed RCM between the ages of 14–18. The patient had
frequent episodes of diastolic heart failure and underwent
a heart transplant at age 23. The histopathology performed
on her explanted heart showed an absence of hypertrophy,
even though myocyte disarray was evident which further
supported the RCM diagnosis [47].

Restrictive cardiomyopathy shares some similar clinical
features with HCM. For example, both diseases result in
the failure of the myocardium to relax fully during diastole.
Therefore, the diagnosis of patients with sarcomeric muta-
tions can be confounded when they present with IRCM and
HCM. The R192H cTnI mutation identified by Mogensen
in 2003 in an RCM patient [35] was also found in another
family in 2009 which presented with features of HCM [45].
The proband had a maximal left ventricular wall thickness
of 17 mm, a restrictive physiology and a parent and sibling
diagnosed with RCM [45]. The R192H mutation is located
within the actin binding region of cTnI and is expected to
impair cardiac relaxation since it caused a decrease in the left
ventricular end diastolic dimension and enlarged the atria in
the patient [45]. Generally, RCM and HCM with restrictive
physiology caused by mutations in the TNNI3 gene have
worse clinical outcomes and disease progression.

Initially, familial RCM occurred primarily in the genes
encoding cTnI and cardiac desmin (DES) [26, 35, 36, 40,
47]. However, mutations in the α-cardiac actin (ACTC), β-
myosin heavy chain (β-MHC), and cTnT (TNNT2) genes
have recently emerged as etiological causes of RCM [33, 37,
50]. In 2006, the first mutation in the cTnT gene (TNNT2)
linked to RCM was identified in a patient, a deletion of Glu
at residue 96 [33]. This twelve-month-old girl was found
cyanotic and limp. Upon evaluation, her electrocardiogram
(ECG) revealed abnormal sinus rhythm, left axis deviation,
and nonspecific changes in the ST-T wave. Echocardiography
showed severe atrial dilation with no regurgitation of the
mitral and tricuspid valves. In addition, the patient had
mild-to-moderate left ventricular systolic dysfunction with
a reduced fractional shortening and mild right-ventricular
systolic dysfunction. While waiting for transplantation, she
experienced recurrent episodes of sinus brachycardia and
tachycardia associated with diffuse ischemic ECG changes
and pronounced hypertension [33].

Recently, another mutation (E136K) was identified in
the TNNT2 gene from a patient diagnosed with RCM [37].
Interestingly, the mutation was also identified in the father
and brother, who revealed nothing abnormal upon clinical

evaluation. Cardiac tissue from the explanted heart showed
that vacuolation was present but was lacking cardiomyocyte
disarray normally associated with cTnT-based cardiomy-
opathies. Since the two relatives were unaffected clinically,
the true etiology of the disease remains undetermined. It is
possible that another undetected mutation contributes to the
phenotype seen in the RCM proband that was absent in the
relatives.

As the number of genes associated with RCM has
increased, it has become evident that mutations previously
determined to cause HCM can also cause RCM or HCM
with a restrictive phenotype. A study by Menon (2008)
identified a large family displaying cardiac disease inherited
in an autosomal dominant pattern. Characterization of the
RCM proband showed the existence of massive bi-atrial
enlargement and abnormal diastolic function [51]. However,
the proband had mild mid-septal hypertrophy without
left ventricular outflow obstruction. Interestingly, other
relatives presented with clinical features of RCM, HCM,
and/or dilated cardiomyopathy (DCM). It was suspected
that a single mutation was responsible for the variable
disease outcomes; therefore, a targeted linkage analysis was
performed for nine sarcomeric genes which determined that
the I79N mutation in the TNNT2 gene cosegregated with the
disease phenotype. Previously, this mutation was identified
in other individuals diagnosed with HCM [52, 53]. Studies
using transgenic mice containing the I79N TnT mutation
have shown that their cardiac function is consistent with a
restrictive physiology [54–56].

Other studies have also examined the prevalence and
clinical significance of HCM with a restrictive phenotype.
Three previously characterized TNNI3 mutations (L144Q,
R145W, and D190G) were identified in patients manifesting
the restrictive phenotype. HCM is generally associated with
mild to moderate disability and normal life expectancies
as long as SCD is avoided; however, patients with the
“restrictive phenotype” have a very poor prognosis [39]. The
restrictive phenotype is characterized as an absence of or
minimal hypertrophy with restrictive filling, elevated rates
of atrial fibrillation/flutter, diastolic heart failure and stroke.
The overall survival rate of these patients is 56% five years
after diagnosis with the main cause of fatality being heart
failure [39]. Until recently, it was believed that HCM, DCM
and RCM were distinct and separate diseases. However, the
R145G and R145W mutations located at the same locus in
the cTnI gene can cause HCM or RCM, respectively. This
indicates that RCM is included in the spectrum of hereditary
cardiac contractile disorders [35, 57]. To date, the existence
of simultaneous multiple mutations, modifier genes or the
influence of genetic background has not been fully explored.
These aspects will gain increasing interest as knowledge of
cardiomyopathies expands in the coming years.

4. Reconstituted and Structural Assays

The functional effects of cTnT and cTnI RCM mutations
have been explored in different types of reconstituted
systems (see Table 1). The in vitro and in situ experimental
models involve skinned fibers exchanged with RCM mutant
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proteins, myosin-actin-Tm-cTn reconstituted ATPase assays,
and spectroscopic measurements utilizing fluorescence and
circular dichroism. Much of this data can be correlated
to the clinical observations seen in patients. Furthermore,
in addition to linkage analysis, these studies assist in
establishing de novo mutations as causative agents of the
disease.

4.1. Skinned Fiber Data. Skinned cardiac fiber experiments
provide a method of exploring myofilament function with a
level of complexity that approaches the intact muscle. These
assays are considered one of the most relevant physiological
techniques available. Importantly, the sarcomeric proteins
at the M- and Z-band remain in the skinned fiber in
contrast to other reconstituted methods. These experiments
measure the Ca2+ buffering capacities of the myofilament
while measuring the development of tension or maximal
force [58, 59]. Several groups have also reported differences
in the level of basal force (at low Ca2+ concentrations) after
the incorporation of mutant cTnT or cTnI [38, 41].

Our group first investigated the functional effects of
cTnI mutations linked to RCM [41]. All five RCM mutants
that were investigated (L144Q, R145W, A171T, K178E, and
R192H) increased the Ca2+ sensitivity of force development
in skinned fibers. The maximal tension was diminished for
all mutants, except R192H. The L144Q, R145W, and K178E
mutants showed a significant increase in the basal force levels
compared to WT [41]. Other studies using these mutants
also produced a large leftward shift in the Ca2+ sensitivity
of force development in exchanged cardiac skinned fibers
[40]. The maximal force was reduced in the presence of
the L144Q, R145W, A171T, and R192H mutants; however
D190G had no effect on the maximal force when compared
to the WT [40]. Using adenoviral gene transfer techniques,
Davis et al. introduced RCM mutations into cardiomyocytes
and studied their functional consequences at the cellular level
[42]. In contrast to the previous study [41], skinned rat
cardiomyocytes containing the rat cTnI mutations, L145Q
and R146W (corresponding to L144Q and R145W), did not
show changes in the Ca2+ sensitivity of force development
[42]. It is possible that the cTnI mutants located in the
inhibitory peptide were poorly incorporated into the thin
filament which could mask the effects of the mutations
on the Ca2+ sensitivity of contraction. However, the rat
cTnI mutations, A172T, K179E and D191G (corresponding
to human A171T, K178E, and D190G) increased the Ca2+

sensitivity of force development [42]. Moreover, the trans-
fected cardiomyocytes bearing the mutant cTnIs could be
desensitized to Ca2+ upon PKA treatment [42], however,
these mutations did not influence the ability of cTnI to
respond to adrenergic stimulation. In a separate study, Davis
et al. investigated the functional effects of the cTnI R193H
mutant incorporated into the thin filament which caused
significant Ca2+ sensitization of the myofilaments and slowed
the Ca2+ transient decay rate [46].

Previously, we studied the functional consequences of the
first cTnT mutation related to RCM where glutamic acid
was deleted at position 96 (cTnT-�E96) [38]. The skinned
fiber measurements showed significant Ca2+ sensitization of

the myofilaments and the mutant cTn complex increased
the basal force after troponin exchange. The mutation did
not affect the maximal force recovery at saturating Ca2+

concentrations. In addition, the same mutation was also
studied as the corresponding residue of the fetal isoform of
cTnT (cTnT1). Interestingly, in the fetal environment, i.e.,
the cTn complex containing the cTnT isoform 1 (cTnT-
ΔE106) and slow skeletal TnI, the mutation caused a less
pronounced effect than when in the adult environment
[38]. This suggests that fetal cTn isoforms have a protective
role and may explain why the disease occurs early after
birth. The mutation significantly reduced the cooperativity
(i.e., nHill) of Ca2+ binding to the regulatory units. This
information can be correlated with the previous findings and
related to the time of onset and the severity of the disease
[60].

4.2. Myosin-Actin-Tm-Tn ATPase Assays. The measurement
of myofilament ATPase activity is very important since these
experiments indicate the ability of the troponin complex
to initiate activation and inhibition of the myosin-actin
ATPase activity. The Ca2+ concentration can be adjusted
to activate or inhibit the ATPase activity. In other words,
this experiment evaluates the influence of Tn in modulating
cross-bridge kinetics. Additionally, it is possible to measure
the rate of ATP hydrolysis as a function of the free Ca2+

concentration.
In an elegant set of experiments, Gomes et al. showed

the dependence of different ratios of WT and mutant cTnI
related to RCM on the ability to inhibit the ATPase activity.
For example, cTnI R145W in a 50% : 50% mixture with
WT was able to fully inhibit the ATPase; however L144Q
in a 50% : 50% ratio with WT had the greatest inability to
inhibit ATPase activity and had a dominant regulatory effect
over the WT. Regarding the acto-myosin ATPase activation,
cTn containing the L144Q mutation partially lost its ability
to activate [41]. Kobayashi and Solaro also investigated the
functional consequences of the R145W, D190H, and R192H
RCM mutations in cTnI. All of the RCM mutants markedly
increased the Ca2+ sensitivity of ATPase activity. In addition,
the R145W mutant which is located in the inhibitory portion
of cTnI showed an increase in the basal ATPase activity at low
Ca2+ concentrations [44]. These experimental results suggest
that RCM mutations in the inhibitory peptide have a more
drastic effect than mutations located in the cTnI C-terminal
domain. In the absence of Ca2+, the inhibitory region is very
important for maintaining proper thin filament function in
the off state.

Thin filaments reconstituted with the first described
cTnT mutant (�E96) were used to measure actomyosin
ATPase activity. In the presence of this mutant, the acto-
myosin ATPase activity was poorly inhibited at low Ca2+

levels. However, it appears that introducing the mutation
into the fetal cTnT isoform in the presence of the fetal slow
skeletal TnI diminished these deleterious effects [38].

These functional studies confirm that the RCM phenotype
can be directly correlated with clinical data obtained from
patients. For example, the increased Ca2+ sensitivity, impaired
inhibition of ATPase activity by the Tn complex containing
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RCM mutants, and increased basal force can be directly
correlated with diastolic dysfunction.

4.3. Spectroscopy Measurements. Steady-state fluorescence
measurements were used to show that the R145W, D190H
and R192H cTnI RCM mutants only increased the apparent
Ca2+ binding affinity of cTnC in the presence of the other
thin filament components [44]. Structural studies with NMR
using the 13C/15N-labeled cTnI129–210 peptide containing the
K178E RCM mutation revealed local structural changes in
the region immediately adjacent to the mutated residue. The
cTnI K178E mutant was also evaluated by circular dichroism
and no changes were observed in the cTnI K178E structure
compared to WT [40]. Together, this data suggests that local
yet minor changes in the structure of the isolated mutants
may disrupt crucial interactions with other thin filament
proteins. In general, the alteration of a few key residues in
sites of interactions may be sufficient to alter cTn function.

5. Transgenic Models

A specific functional phenotype is emerging for RCM that
includes large increases in the Ca2+ sensitivity of tension,
impaired ability to inhibit the myosin ATPase activity and
increased basal force in skinned fibers. All of these factors
when manifested in vivo can contribute to severe diastolic
dysfunction and may account for the RCM disease [61]. One
of the advantages of using animal models is that the mutant
protein is naturally incorporated into the thin filament.
Therefore, characterizing the effects of RCM mutations in
transgenic or knock-in animals is imperative in determining
if cardiac function is affected. Unlike HCM and DCM,
the diagnosis of RCM is not based on the morphological
appearance of the heart but primarily on the properties of
the working heart. Abnormal diastolic filling is the primary
defect that leads to increased myocardial stiffness and higher
ventricular pressures [27–29, 61].

Two transgenic mouse models for cTnI RCM mutations
have been reported which investigated the physiological
effects of the R192H and R145W mutations. Du et al.
designed a transgenic mouse carrying the R193H mutation
(which corresponds to human R192H) and evaluated its
effects on gross cardiac morphology. The transgenic R193H
mice demonstrated RCM characteristics, i.e., atrial dila-
tion and decreased left ventricular end-diastolic dimension
without significant changes in systolic function. Also, they
observed a significant change in the ejection fraction in
middle aged (11 months old) mice. Histological evaluation
indicated that the cardiac tissue was structurally normal
[62]. Functionally, the most significant changes that occurred
were impaired relaxation manifested by prolonged IRT
(isovolumic relaxation time) and DT (deceleration time).
The restrictive physiology was evident by the reduced E
peak velocity and reversed E/A on doppler tissue imaging
[63]. These observations directly correlated with the clinical
phenotype used to establish RCM in a patient.

In another study, Du et al. evaluated the progression of
RCM in a cTnI R193H transgenic mouse over a period of 12
months. During this time, cardiac function was assessed to

monitor the development of diastolic dysfunction. Initially,
the mutation caused abnormal relaxation which gradually
manifested as diastolic dysfunction as age progressed. High-
resolution echocardiography was used to characterize the
mutation’s effects on diastolic function by a reversed E to
A ratio, increased DT and prolonged IRT. Some of the
cTnI R193H middle-aged mice (1 year) had a significant
reduction in cardiac output and a few died from congestive
heart failure. Morphologically, the mutant mouse hearts
had dilated atria and ventricular restriction similar to those
of RCM patients carrying the cTnI R193H mutation. The
mutation affected mouse cardiac function in the same
manner as seen in the patients by recapitulating the diastolic
dysfunction and diastolic heart failure. Altogether, this data
suggests that the C-terminus of cTnI plays an important role
in maintaining the diastolic parameters of the heart [63].

The cTnI R145W RCM mouse model was investigated
to determine how a different substitution at the same locus
which causes HCM (R145G) can lead to two different
diseases [57]. In transgenic R145W cardiac myofibrils, an
increase in the Ca2+ sensitivity of force and ATPase was
observed. Interestingly, the intracellular Ca2+ and force
transients measured in intact fibers were delayed which
may contribute to the diastolic dysfunction. One possible
explanation for the distinct phenotypic differences between
RCM and HCM is the presence of an increase in the maximal
force as observed only in the R145W mice. The contractility
of the ventricular muscle containing the R145W mutant is
increased 53% during systole, thus compensating for the
diastolic dysfunction. In contrast, the R145G HCM mice
showed a decrease in the maximal force which may explain
why the development of cardiac hypertrophy occurs [43].

6. Isoform Switch, Disease Onset, and Lethality

During fetal heart development, the expression and presence
of different isoforms of cTnI and cTnT varies. These changes
in isoform expression may underlie the early onset and
aggressive course of pediatric cardiomyopathies. The slow
skeletal TnI isoform is a product of a distinct gene and
is expressed and incorporated in the heart during fetal
and neonatal development. The effects of mutations in the
cardiac isoform of TnI appear later, as regulated by the
activation of cTnI gene expression. It was determined in
the rat that cTnI is expressed by the fourth day after birth
and isoform switching continues up to the fourteenth day
[64, 65]. Mutations in the cardiac TnI gene that change cTn
function would consequently alter the Ca2+ homeostasis of
the cell and manifest their deleterious effects shortly after
birth. Cardiac TnT also undergoes an isoform switch. The
fetal heart expresses a different isoform by alternative splicing
of the TNNT2 gene. The fetal isoform of cTnT (cTnT1)
contains both exons 4 and 5, while the adult isoform (cTnT3)
contains only exon 4 [66–68]. When the corresponding
RCM mutation (�E96 adult isoform cTnT3) was introduced
into cTnT1 (i.e., �E106) in the presence of slow skeletal
TnI, the functional effects were less dramatic [38]. This
observation suggests that the combination of fetal cTnT and
ssTnI isoforms can rescue the effects of an RCM mutation in
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the cTnT gene. In contrast, throughout cardiac development,
cTnC is continually expressed; therefore, it is expected that
RCM causing mutations in cTnC may lead to late term or
spontaneous abortion. This may explain why mutations in
cTnC linked to RCM have not been identified yet.

7. Structural Consideration and Perspectives

The two reported cTnT RCM mutations are located in a hot
spot region of the TnT N-terminal domain which interfaces
with Tm. We speculate that the mutations in cTnT may
disrupt the communication between TnT-Tm and thus affect
the actomyosin interaction and cooperative activation of the
thin filament. Therefore, future investigations using cTnT
RCM mutants may help to dissect the modulatory role and
function of the cTnT N-terminal domain.

The RCM mutations found in TnI are located within the
inhibitory peptide or within the C-terminal domain. The C-
terminal domain of cTnI binds to actin and helps to maintain
the thin filament in a blocked state. These cTnI mutations
may be destabilizing, i.e., decreasing the interactions between
the cTnI C-terminal domain and actin in the absence of Ca2+,
consequently relieving cTnI inhibition. The small region
termed the inhibitory peptide is necessary for the regulatory
role of cTnI on muscle contraction. It is also possible that
mutations located within the cTnI C-terminal domain may
alter the structure and function of the inhibitory peptide.

The discovery of new mutations in RCM patients is
crucial for dissecting how they alter function and may lead
to a better understanding of the disease. The functional and
clinical data should be weighed equally in order to better
link mutations as causes of cardiomyopathies. In addition,
functional studies may help to further define the RCM and
HCM phenotypes which share similar features, such as,
an increase in the Ca2+ sensitivity of force development.
Exploration of RCM causing mutations provides an excellent
framework on which new therapeutic strategies can be
developed to target the effects of this disease.
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Skeletal muscle uses calcium as a second messenger to respond and adapt to environmental stimuli. Elevations in intracellular
calcium levels activate calcineurin, a serine/threonine phosphatase, resulting in the expression of a set of genes involved in
the maintenance, growth, and remodeling of skeletal muscle. In this review, we discuss the effects of calcineurin activity on
hypertrophy, regeneration, and disorders of skeletal muscle. Calcineurin is a potent regulator of muscle remodeling, enhancing
the differentiation through upregulation of myogenin or MEF2A and downregulation of the Id1 family and myostatin. Foxo may
also be a downstream candidate for a calcineurin signaling molecule during muscle regeneration. The strategy of controlling the
amount of calcineurin may be effective for the treatment of muscular disorders such as DMD, UCMD, and LGMD. Activation of
calcineurin produces muscular hypertrophy of the slow-twitch soleus muscle but not fast-twitch muscles.

1. Introduction

Calcium serves as a second messenger in signal transduction
pathways, using spatiotemporal patterns of intracellular
calcium to generate oscillatory changes in calcium concen-
trations. It is well established that the elevations in intra-
cellular calcium levels in skeletal muscle that are essential
for contractile activity also give rise to muscle-specific gene
expression through downstream transcriptional pathways
[1, 2]. Changes in intracellular Ca2+ concentrations regulate
the physiological activities of calmodulin. Calmodulin is a
multifunctional signal transducer that undergoes conforma-
tional changes before activating a wide range of binding
substrates, mainly downstream phosphatases (calcineurin)
and kinases (CaMKs) [3]. The serine/threonine phosphatase
calcineurin plays a major role in a variety of physiological
and pathological processes, including immune responses,
neuronal plasticity, and cardiac development and hyper-
trophy [4]. For example, transgenic mice overexpressing
calcineurinA developed a profound hypertrophic responses

and heart failure that mimicked human heart disease [5].
Bueno et al. [6] demonstrated that calcineurin Aβ null mice
showed a reduced basal heart size. In addition, the absence
of NFATc2 (the nuclear factor of activated T cells c2) has
been shown to inhibit pathological (biomechanical stress)
but not physiological (voluntary exercise training) cardiac
enlargement [7]. Although the downstream pathway of
calcineurin is not completely clear [8], calcineurin signaling
seems to play an important role in cardiac muscle. Many
excellent reviews [8, 9] have indicated a central role for
calcineurin signaling in determining fiber types and myosin
heavy chain (MHC) (IIB → IID → IIA → I). However, few
systematic and descriptive reviews have dealt with the role of
calcineurin in regulating the hypertrophy and regeneration
of skeletal muscle in mature mammals. This review aims to
outline the functional role of calcineurin in the hypertrophy
and regeneration of skeletal muscle. In addition, it discusses
the present situation and future therapeutic applications
for modulating calcineurin levels to alleviate muscular
disorders.
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2. Structure of Calcineurin

Calcineurin enzymatic activity requires a catalytic subunit
(CnA, 59 to 62 kDa) and a calcium-binding regulatory
subunit (CnB, 19 kDa), which comprise several isoforms
coded by different genes or generated by alternative splicing.
The CnA subunit includes domains for catalytic activity, CnB
interaction, and calmodulin-binding. A C-terminal autoin-
hibitory domain, which blocks the catalytic site, is removed
in response to an increase in calcium. Three calcineurin genes
have been described; cnAα and CnAβ expressed ubiquitously,
and CnAγ restricted to brain and testis. Two CnAβ iso-
forms, CnAβ1 and CnAβ2, which differ in their C-terminal
domain, are encoded by alternatively spliced transcripts
[10]. The typical autoinhibitory domain present in CnAβ2
and other calcineurin isoforms is absent from CnAβ1, in
which an unrelated C-terminal domain is generated by the
translation of intronic sequences [11]. This novel domain is
preserved in CnAβ1 orthologues from different species [11],
especially in higher vertebrates, suggesting an evolutionarily
conserved role for this calcineurin variant. When activated
by Ca2+-calmodulin binding, calcineurin affects gene expres-
sion by dephosphorylating specific substrates, including
the four calcineurin-dependent members of NFAT gene
family, NFATc1, NFATc2, NFATc3, and NFATc4. Following
dephosphorylation, NFAT translocates from the cytoplasm
to the nucleus and activates target genes in cooperation with
other transcription factors [12]. Calcineurin activity and
the ability to activate NFAT are directly antagonized by the
immunosuppressive agents FK 506 and cyclosporine A (CsA)
through complexes with cyclophillins and FK506-binding
proteins, respectively [13, 14], or by endogeneous protein
inhibitors, such as cain (also known as cabin-1) and MCIP-
1 (myocyte-enriched calcineurin interacting protein 1), the
latter being particularly abundant in slow-twitch muscle but
not detectable in fast-twitch glycolytic muscles [15, 16]. More
recently, reporter assays using cultured myoblasts indicated
that the transcriptional activation of NFAT by calcineurin
was also inhibited by calsarcin-2 [17].

3. Muscle Regeneration

Skeletal muscle satellite cells are generally in a quiescent
state in adult muscle, but when minor damage or injury
occurs, signals are generated within the muscle that activate
these satellite cells, stimulating them to migrate to the site
of an injury where they proliferate, differentiate, and fuse
with the damaged fibers or form new fibers [18, 19]. Studies
in vitro have documented many factors, primarily protein
growth factors, which can modulate satellite cell activity
[18, 19]. In particular, insulin-like growth factor I (IGF-I),
whose expression is known to be upregulated in regenerating
muscle in vivo [20], positively regulated the proliferation and
differentiation of satellite cells/myoblasts in vitro via different
pathways. Calcineurin is a major candidate for a component
in the pathway downstream of IGF-I as well as Akt. In
fact, the inhibition of calcineurin completely blocked the
growth of myotubes on treatment with IGF-I in vitro [21].
Local expression of IGF-I in muscle protected both motor

neurons and innervating muscle fibers in a mouse model
of amyotrophic lateral sclerosis (the SOD1G93A transgenic
mouse) possibly due to the enhancement of CnAβ1 [22].
Since activated calcineurin promotes the transcription and
activation of myocyte enhance factor 2(MEF2), myogenin,
and MyoD [23–25], calcineurin seems to control satellite
cell differentiation and myofiber growth and maturation,
all of which are involved in muscle regeneration. In fact,
our previous Western blot analysis [26] showed a long-
term (1–14 days post bupivacaine injection) increase in the
amount of calcineurin protein in the regenerating muscle of
adult rats. Immunofluorescence microscopy revealed marked
immunolabeling of calcineurin in many myoblasts and
myotubes that expressed MyoD and myogenin at an active
differentiation phase (4–6 days post injection). In addition,
our biochemical approach demonstrated that the amount of
calcineurin coprecipitating with NFATc1 and GATA-2 and
NFATc1 coprecipitating with GATA-2 gradually increased
in the regenerating muscle. Furthermore, we showed that
the inhibition of calcineurin by CsA induced extensive
inflammation, marked fiber atrophy, the appearance of
immature myotubes, and calcification in the regenerating
muscle compared with placebo-treated mice [26]. Several
other studies indicated such defects in skeletal muscle
when calcineurin was inhibited [27, 28], whereas transgenic
activation of calcineurin is known to markedly promote the
remodeling of muscle fibers after damage [11, 29].

Myostatin is a member of the transforming growth
factor-β (TGF-β) family that negatively regulates skeletal
muscle growth, with its inhibition shown to enhance muscle
size. Mice, which are null for (knock-out) or display
inactivating mutations of myostatin, exhibit obvious skeletal
muscle hyperplasia and hypertrophy [30, 31]. Recent evi-
dence [32–34] has also identified myostatin as well as Id1
[22], Id3 [22], and Egr-1 [25] as a possible downstream neg-
ative hypertrophic effector target of the calcineurin-NFAT
pathway. In addition, using a pharmacological approach
(intraperitoneal CsA treatment), our recent study [35]
demonstrated that the inhibition of calcineurin enhanced the
expression of myostatin and Smad3 mRNA in regeneration-
defective TA muscle after an injection of bupivacaine. An
increase in myostatin levels is closely linked with muscle
atrophy after unloading in mice and humans [36–38] and
with severe muscle wasting in HIV patients [39]. Myostatin
has been shown to interact with Smad2 and Smad3 [40,
41], and the activation of the myostatin pathway inhibits
myogenic differentiation through a downregulation of MyoD
expression [40, 41]. The possibility that myostatin is a
downstream mediator of calcineurin signaling has been
indicated by recent experiments with two different transgenic
mice [42]. Muthuri et al. [42] found that myostatin mRNA
levels in skeletal muscle were significantly lower in mice
expressing high levels of calcineurin and significantly higher
in mice displaying inhibited calcineurin signals. Moreover,
levels of calcineurin mRNA were higher in null myostatin
transgenic mice than wild-type mice [42]. On the other
hand, using MCK-CnAα transgenic mice, Stupka et al. [29]
demonstrated that calcineurin activates two differentiation-
enhancing molecules, myogenin, and MEF2A, during muscle
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regeneration. Indeed, calcineurins pharmacological inhibi-
tion caused a decline in the transcription and activation
of MEF2, myogenin and MyoD during myogenic differen-
tiation in vitro [23–25]. However, the notion that muscle
regeneration is promoted by a myogenic transgene with
CnAα is controvertial [11, 29]. A more recent study using
a similar mouse model found that transgenic expression of
CnAα excessly stimulated the inflammatory response after
muscle damage and prevented prompt muscle regeneration
[11].

The induction of MAFbx/Atrogin-1 expression by Foxo
has been shown to inhibit calcineurin activity [43, 44].
More recently, the calcineurin variant CnAβ1 was suggested
to block the nuclear localization of Foxo protein and the
expression of several Foxo-targeted genes (MuRF1, Gadd45a,
Pmaip1, and atrogin) in C2C12 myoblasts [11]. In addition,
transgenic upregulation of CnAβ1 expression promoted the
remodeling of cardiotoxin-treated damaged muscle fibers
[11]. Foxo factors play a crucial role in skeletal muscle
atrophy through the induction of MAFbx/Atrogin-1 and
MuRF1 [45, 46]. Interaction between CnAβ1 and Foxo in
muscle regeneration is an attractive notion, although it has
not been demonstrated in adult skeletal muscle in vivo.

4. Muscle Hypertrophy

The major extracellular mediator of skeletal muscle hyper-
trophy is thought to be IGF-I which binds to its receptor to
initiate a cascade of signaling pathways via phosphoinosi-
tide 3-kinase (PI3-K/Akt/mammalian target of rapamycin
(mTOR)) [47–49]. However, several lines of evidence sug-
gest that IGF-I also mediates hypertrophy through cal-
cineurin/NFAT signaling pathways. Overexpression of IGF-I
in murine C2C12 myoblasts [21] and rat L6MLC cells [50]
induced hypertrophy of myotubes, which was abolished by
treating the cells with CsA. Dunn et al. [51] proposed that
calcineurin signaling regulates the hypertrophy of muscle
fiber in mature rats. They concluded that the enlargement
of fibers in the plantaris muscle after mechanical overloading
was completely blocked at both 2 and 4 weeks post surgery
by subcutaneous treatment with CsA at 25 mg/Kg twice per
day. However, several lines of evidence exclude a functional
role for calcineurin in the hypertrophy of muscle fiber in
vivo [52–55]. For example, different to the positive effect
of rapamycin, the calcineurin inhibitors CsA and FK506 for
up to 30 days did not block the hypertrophy of plantaris
muscle that followed surgical removal of the soleus, medial,
and lateral gastrocnemius muscles in the rat [53]. Consistent
with these findings, others have demonstrated that even a
tenfold increase in the expression of activated calcineurin
in transgenic mice did not induce muscle hypertrophy [53]
in spite of an increase in the proportion of slow muscle
fibers due to the influence of CnA. In addition, Parsons et
al. [54] indicated that neither CnAα nor CnAβ null mice
showed any growth-related alterations in skeletal muscle,
and fiber size or number was not altered in glycolytic/fast
muscle types (tibialis anterior, gastrocnemius, quadriceps,
etc). Furthermore, no change in the size of several fast-type

muscles has been observed in mice with a transgenic upreg-
ulation of calcineurin [56], although a transgenic mouse
with a constitutively active form of Akt exhibited rapid and
significant hypertrophy of fast-type muscles [57]. However,
Talmadge et al. [56] also demonstrated that overexpression
of calcineurin induced marked hypertrophy of slow-and fast-
twitch fibers of the slow-type soleus muscle. In addition, fiber
size in the soleus muscle was markedly reduced by a null
mutation of CnAβ different to CnAα [54]. Muscle-specific
overexpression of MCIP1, an inhibitor of calcineurin, using
the Flox-On approach resulted in a marked reduction (about
30%) in cross-sectional area of the soleus muscle [58].
Moreover, our recent study [59] using ICR mice did not
detect any apparent hypertrophy of fibers in the soleus
muscle after mechanical overloading on treatment with CsA.
Other researchers also suggest growth-retarded effects in
the soleus muscle caused by calcineurins inhibition during
recovery from hindlimb unloading [60–62]. These lines of
evidence seem to indicate a selective influence of calcineurin
or Akt on the size of antigravity/slow-type soleus and fast-
type muscles, respectively. Table 1 shows an overview of the
effect of calcineurin activation or inhibition on fiber growth
(hypertrophy) of skeletal muscle in vivo.

Although calcineurin activity appears critical to mediat-
ing the hypertrophy of slow-type muscle, the downstream
effector genes or targets in this process have yet to be clearly
defined. Various downstream mediators of calcineuirin-
dependent signaling have been proposed [34], including
NFAT and MEF2 proteins as well as GATA transcription
factors. These factors are known to costimulate the tran-
scriptional response of certain hypertrophic marker genes in
the heart [63, 64] and affect IGF-I-related growth of skeletal
myocytes in vitro [50]. GATA-2 expression is upregulated
[65] and NFAT more extensively dephosphorylated [63]
in hypertrophying fast-type plantaris muscle in vivo. In
addition, mice with targeted inactivation of NFATc2 or
NFATc3 exhibited reduced muscle size as well as fiber type
abnormalities [66] or defects in muscle formation [67],
respectively. Cultured C2C12 murine myoblasts expressing
activated calcineurin showed increased enzymatic activity
in association with NFATc3’s nuclear translocation during
the initiation of myogenic differentiation [23]. Given these
findings, NFAT and GATA seem to play an important role
in the normal growth and hypertrophy of skeletal muscle.
Therefore, NFAT-GATA complexes may be mediators of
calcineurin signaling during the hypertrophic process in
soleus muscle. In contrast, a more recent study in our
laboratory [58] suggested that MEF2C, not MEF2D or
myogenin, regulates the hypertrophic process in slow-twitch
soleus muscle subjected to mechanical overloading (MOV).
Hypertrophy-defect soleus muscle after mechanical over-
loadingby calcineurin inhibition contained less MEF2C pro-
tein than a placebo-treated control. In addition, this growth-
failed soleus muscle showed less extensive immunoreactivity
to MEF2C in the subsarcolemmal region in a group of
myotubes and/or myofibers during an active-differentiation
period (4 days postsurgery) [59]. Two recent findings [68, 69]
clearly showed that MEF2C is required for thick filaments
to form in nascent muscle fibers and for the integrity of
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Table 1: Effect of calcineurin activation or inhibition on fiber growth (hypertrophy) of skeletal muscle in vivo.

References Species Experimental system
Modulating method of
calcineurin activity

Outcomes

Dunn et al.
1999 [51]

Mouse
Mechanical
overloading

Pharmacological inhibition
for 4 weeks (CsA; 25 mg/Kg
twice daily)

Inhibition of fiber
hypertrophy of the plantaris
muscle

Bodine et al.
2001 [53]

Mouse
Mechanical
overloading

Pharmacological inhibition
for 30 days (CsA; 15 mg/Kg
once daily)

No inhibition of fiber
hypertrophy of the plantaris
muscle

Sakuma et al.
2008 [59]

Mouse
Mechanical
overloading

Pharmacological inhibition
for 2 weeks (CsA; 25 mg/Kg
once daily)

Inhibition of fiber
hypertrophy of the soleus
muscle

Parsons et al.
2003 [54]

Mouse
Gene-knock out (complete
inactivation of cna α or cna β)

Slow-twitch soleus muscle;
hypertrophy (cna α KO),
atrophy (cna β KO),
Several fast-twitch muscles
(gastrocnemius, tibialis
anterior, triceps brachii); no
change (both cna α and cna β
KO)

Talmadge et
al. 2004 [56]

Mouse

Transgenic manipulation
(high-level expression of a
constitutively active form of
calcineurin)

Slow-twitch soleus muscle;
marked hypertrophy
Several fast-twitch muscles
(extensor digitorum longus,
tibialis anterior, plantaris); no
change

Oh et al. 2006
[58]

Mouse

(Transgenic manipulation
(Flox-On approach),
upregulation of calcineurin
inhibitor (MCIP1))

Atrophy of the soleus muscle

Mitchell et al.
2002 [60]

Mouse
Reloading after
hindlimb
suspension

Pharmacological inhibition
for 2 weeks (CsA; 12.5, 25,
and 50 mg/Kg once daily)

Inhibition of fiber growth
(recovery) of both the soleus
(25 and 50 mg/Kg) and
plantaris (12.5, 25, and
50 mg/Kg) muscles

Miyazaki et
al. 2006 [61]

Mouse
Reloading after
hindlimb
suspension

Pharmacological inhibition
for 4 weeks (FK506;
3–5 mg/Kg once daily)

Inhibition of fiber growth
(recovery) of the soleus
muscle

Oishi et al.
2008 [62]

Rat
Reloading after
hindlimb
suspension

Pharmacological inhibition
for 2 weeks (CsA; 25 mg/Kg
twice daily)

Inhibition of fiber growth
(recovery) of the soleus
muscle

the sarcomere and M-line during postnatal muscle growth,
by directly regulating several muscle structural genes such
as the genes for myomesin, MHC, and myosin light chain.
Further study will be required to identify downstream
modulators of calcineurin signaling during hypertrophy of
slow-twitch soleus muscle. Figure 1 provides an overview of
molecular pathway of calcineurin to regulate hypertrophy
and regeneration of skeletal muscle.

5. The Ameliorating Role of Calcineurin in
Muscular Disorders

Calcineurin signaling is considered to regulate the degener-
ative symptoms of various muscular disorders [74–84]. In
animal models, pharmacological inhibition of calcineurin
in regenerating muscles of young mdx dystrophic mice,

a model of DMD, severely compromised muscle structure
and function [76]. Moreover, transgenic mice overexpressing
the activated form of CnA have been used to determine
whether signaling through CnA improves the dystrophic
pathology due to alterations in the expression of utrophin
A, a therapeutically relevant protein that can compensate
for the lack of dystrophin, and improved muscle membrane
integrity [75]. Breeding CnA transgenic mice with mdx
counterparts led to offspring (mdx-CnA) with both genes
altered in their skeletal muscle, but displaying a marked
improvement in the dystrophic phenotype. Muscles from
transgenic mdx-CnA mice showed improvements in various
markers of muscle damage, including a decrease in central
nucleation (indicating denervation or fiber regeneration),
a decrease of variation in fiber size, a decrease in the
intracellular presence of immunoglobulin M (a marker of
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Figure 1: Schematic diagram of calcineurin signaling to regulate hypertrophy and regeneration of skeletal muscle. Mechanical loading of
skeletal muscle increase intracellular Ca2+ levels via the influx (L-type Ca2+ channel) of Ca2+ from the extracellular space and its efflux from
the sarcoplasmic reticulum. The damage of muscle fiber membrane after treatment with myotoxin also elicits an increase in intracellular Ca2+

levels via the influx of Ca2+ from the extracellular space. Binding of the Ca2+/CaM complex to the calcineurin regulatory subunit leaded to its
activation. Activated calcineurin dephosphorylates NFATc1 [26, 65, 70], NFATc3 [23], MEF2C [59], and MEF2A [29, 70] resulting in their
translocation from the cytoplasm to the nucleus. These transcription factors induce the expression of hypertrophic and/or remodeling genes
such as Dev MHC [29], α-actin, IGF-I [71], myogenin [25], and IL-6 [72]. In addition, activated calcineurin inhibits the functional role of
Egr-1 [25] and myostatin [32–34]. Mechanical overloading upregulates gene expression of IGF-I. IGF-I modulates calcineurin signaling via
increasing intracellular Ca2+ levels [25] and activating GATA-2 [50, 73]. MCIP1 [58] and calsarcin-2 [17] are potent inhibitors of calcineurin
signaling. MEF2A: Myocyte enhancer factor 2A; NFATc1: nuclear factor of activated T cells c1; MCIP1: Modulatory calcineurin-interacting
protein 1; IRS-1: Insulin receptor substrate-1; PI3-K: Phosphatidylinositol 3-kinase; CaM: Calmodulin; Dev MHC: Developmental myosin
heavy chain; IL-6: Interleukin-6.

sarcolemmal integrity), a decrease in the uptake of Evans
blue dye by muscle fibers in vivo (indicating sarcolemmal
microdamage), and a decrease in numbers of infiltrat-
ing immune cells revealed by Mac-1 antibody staining
(a marker of an inflammatory response) [75]. Thus, an
attenuation of the muscle pathology-associated dystrophin
deficiency is observed when utrophin A is upregulated via
activation of CnA-NFAT signaling. In fact, Chakkalakal
et al. [74] showed that calcineurin/NFATc1 signaling as
well as peroxisome proliferator γ co-activator-1α (PGC-
1α)/GA-binding protein (GABPα) [77] can stimulate the
transcriptional activity of utrophin A. Subsequent similar
crossbreeding experiments by others [81, 83], leading to
mdx-CnA mice with potentiated CnA-NFAT activation,
showed related improvements in the contractile function
and attenuation of contractile-induced injury in muscles
from these animals comparted with mdx counterparts.

On the other hand, transgenic upregulation of the CaM-
binding protein (CaMBP), a small peptide inhibitor for
calmodulin, exacerbated the dystrophic phenotype in mdx
mouse muscle. mdx/CaMBP mice revealed an impairment
of both the Ca2+/CaM-regulated enzyme calcineurin and a
Ca2+/calmodulin-dependent kinase [78]. These mice exhib-
ited significant reductions in utrophin A attributable to
the marked decrease in nuclear accumulated NFATc1 and
MEF2C and in CABPα mRNA expression. In contrast,
pharmacological and genetic inhibition of calcineurin sig-
naling was suggested to be effective in a mouse model and
in patients with several other muscular disorders such as
limb-girdle muscular dystrophy (LGMD), Ullrich congenital
muscular dystrophy (UCMD), and collagen VI myopathies
[81, 82, 84]. For example, in an open pilot trial, oral CsA
treatment for 1 month markedly ameliorated mitochondrial
dysfunction and reduced the frequency of apoptotic nuclei
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in muscle fibers in patients with collagen VI myopathies
[84]. In addition, genetic deletion of the loxP-targeted
calcineurin B1 or CnAβ gene resulted in enlarged muscle
fibers and decreases in the frequency of centrally nucleated
fibers and of fibrosis, and in the amount of hydroxyproline
in scgd−/− mice [82]. These findings clearly showed that
inhibition of calcineurin signaling reduced skeletal muscle
degeneration and the histopathology of LGMD. Since the
therapeutic effectiveness of the pharmacological attenuation
or activation of calcineurin signaling differs entirely among
muscular disorders, careful attention should be paid to this
application.

6. Conclusions

This review summarised and highlighted current under-
standing of the role of calcineurin in the regulation of
hypertrophy, regeneration, and disorders of skeletal muscle.
Although several lines of evidence exclude a functional role
for calcineurin in the hypertrophy of muscle fiber in vivo,
recent findings have suggested that the hypertrophy of slow-
twitch soleus muscle is regulated by calcineurin signaling. A
possible downstream modulator of the calcineurin pathway
during muscle regeneration may be MEF2A, myostatin, or
Foxo. The strategy of controlling the amount of calcineurin
may be effective in the future treatment of muscular
disorders.
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MuRF1 is a member of the TRIM/RBCC superfamily, a gene family that encompasses a large variety of proteins, all sharing the
conserved TRIM (Tripartite Motive) sequential array of RING, B-box, and coiled-coil domains. Within this family, MuRF1(also
named TRIM63) is a specialized member that contributes to the development of muscle atrophy and sarcopenia. Here we studied
MuRF1’s role in muscle atrophy during muscle unloading induced by hindlimb suspension. Consistent with previous studies,
we found that MuRF1 inactivation leads to an attenuated muscle atrophy response. The amount of protection was higher as
compared to the denervation model, and within the 10 day-suspension period the soleus muscle was spared from atrophy in
MuRF1-KO mice. Contractility studies on hindlimb suspended muscle tissues suggested that MuRF1’s functions extend beyond
muscle trophicity and implicate MuRF1 in muscle fatigue and MLC phosphorylation control: soleus muscle from MuRF1-KO
mice fatigued significantly faster and in addition showed a reduced posttetanic twitch potentiation. Thus the present work further
established the role of MuRF1 in muscle atrophy and for the first time shows that MuRF1 plays a role in muscle fatigue and twitch
potentiation.

1. Introduction

Skeletal muscle tissues can be extensively remodeled, both
structurally and functionally (for reviews see [1, 2]). Such
remodeling takes places, for example, in response to exercise
or passive muscle stretch and results in large changes in
metabolic activity, fiber-type, and force generation (for
reviews see [3, 4]). Increased force production is due to
an increase in fiber diameter, an adaptation referred to
as hypertrophy. In contrast, when muscle is unloaded,
as occurs, for example, in space flight or in bedridden
patients, fiber diameter is rapidly reduced, a state referred
to as atrophy. Muscle atrophy also accompanies the natural
process of aging, and is then referred to as sarcopenia,

and leads to a progressive and large reduction in muscle
strength as ageing progresses [5]. Skeletal muscle atrophy
is also a debilitating response to starvation and many
systemic diseases including diabetes, cancer, and renal failure
[6]. Thus understanding the mechanisms that underlie
atrophy is clinically highly significant for space flight,
patients that have a wide range of diseases or that are
bedridden, and to understand and perhaps ameliorate
sarcopenia.

Because of the clinical and health-economic impor-
tance of sarcopenia, the molecular pathways involved have
attracted wide interest. Comparative studies on healthy and
wasting muscle tissues identified numerous mechanisms
involved in the regulation of muscle trophicity, including
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the calcineurin-NFAT pathway (stimulated by the calcium
influx into the sarcoplasm), the mTOR/p70S6K pathway
(modulated by myofibrillar stretch), and stress signaling
(modulated by p38/ERK/MEK kinase pathways, see for
example [7, 8]). More recently, molecular insights into the
mechanisms counteracting these trophic pathways could be
obtained. Importantly, atrogin-1 and MuRF1 genes were
found to be transcriptionally upregulated during diverse
states of muscle wasting [9, 10]. Furthermore, studies
using atrogin-1 and MuRF1-deficient mouse models further
supported a potential causal role of these two genes in the
development of muscle atrophy: Knock-out mouse models
of atrogin-1 and MuRF1 develop about 50% less muscle
atrophy in quadriceps muscle after lesion of its innervation
[11]. Mechanistically, it was proposed that these two genes
act as atrogins via the control of proteasome-dependent
degradation of muscle proteins, a concept, that is supported
in vitro by the enzymatic E3 ligase activity of expressed
MuRF1 protein. Therefore, an upregulation of these E3
ubiquitin ligase activities during muscle wasting would
enhance the UPS-dependent degradation of muscle proteins
(for review see [12]).

Current studies on MuRF1 and atrogin-1 are therefore
focused on the identification of their in vivo targets. In
vitro studies demonstrated that MuRF1 efficiently catalyzes
the addition of multiubiquitin groups to troponin-I (TnI),
myosin, and actin [9, 10]. However, target recognition in
vivo is likely to be more selective and to be regulated by
yet unknown factors. For example, a recent study using a
CreLox-recombinase induced conditional KO model where
MuRF1 activity can be downregulated in adult mice sug-
gested that myosin, actin, and TnI are not preferred in vivo
targets of MuRF1 [13]. Rather, a partial protection of MLC-
2 and myosin binding protein C turnover after denervation
was observed in an MuRF1-deficient conditional background
[13]. Consistent with the idea that MuRF1 target recogni-
tion in vivo is still poorly understood is the finding that
overexpression of MuRF1 in skeletal muscles alone is not
sufficient to cause muscle atrophy [14]. Instead of muscle
wasting, overexpression of MuRF1 resulted in a pertubation
of muscle metabolism and insulin signaling [14]. This raises
the possibility that MuRF1 could also play a role in muscle
trophicity via more complex pathways that include metabolic
pathways, rather than the direct degradation of myofibrillar
proteins.

Here were we used hindlimb suspension as an alterna-
tive model to study MuRF1’s role in muscle atrophy (in
this model muscle maintains its innervation), and studied
fiber type distribution, muscle force, and fatigue resistance
during repetitive stimulation. Results indicate that muscles
from suspended wildtype (wt) and MuRF1-KO (KO) mice
have comparable contractile characteristics, suggesting that
degradation of myofibrillar proteins by MuRF1 is unlikely.
However, inactivation of MuRF1 resulted after hindlimb
suspension in a reduced fatigue tolerance and reduced post-
tetanic potentiation, linking MuRF1 to MLC phosphoryla-
tion. These findings implicate that MuRF1’s functional roles
in muscle extend beyond a pathophysiological role in causing
muscle atrophy.

2. Methods

2.1. Animals and Hindlimb Suspension. All mice were bred
in-house and genotyped by standard methods. MuRF1 null
mice were on a C57/BL6 background and MuRF1 gene
disruption by homologous recombination was as previously
described [15]. Animals were housed in standard cages in
an animal room with controlled environmental conditions
and maintained on standard food and water ad libitum. To
suspend the hindlimbs, the tail of each mouse was placed
in a harness, which was used to elevate the pelvis so that
the feet of the hindlimbs did not contact the cage floor.
The harness consisted of SkinTrac (a commercially available
adhesive tape) in which the entire length of the tail was
trapped. The distal end of the SkinTrac was attached to a
paperclip which was then attached to a swivel on a plexiglass
cross-bar. The cross-bar was positioned ∼15 cm above the
cage floor. In this way, the hindlimb-suspended mice were
able to freely move around the cage on their front limbs
and had unlimited access to food and water. The hindlimb
suspension lasted 10 days, afterwards one group of mice was
sacrificed whereas another group was allowed to recover for
5 days (reload phase).

2.2. Characterization of Dissected Soleus Muscle. After 10
days of hindlimb suspension mice were anaesthetized with
isoflurane and sacrificed via cervical dislocation. The soleus
muscle was then rapidly dissected in an oxygenated bath on
ice. After dissection, a suture was attached to the tendon at
the proximal and distal ends of the muscle. The muscle was
then attached, via sutures, to an Aurora 1200A Intact Muscle
Test System and was placed in an oxygenated physiological
solution at 30◦C. Next, the optimal twitch length (L0) was
determined at 30◦C by incrementally lengthening the muscle
until gains in twitch force reached a plateau. After three
minutes, the muscles were then passively stretched to four
different lengths (5%, 10%, 15%, 20% of L0) at a rate of
10%/sec, held at the respective length for 60 seconds and
released then to L0. Muscle strips were allowed to recover by
waiting for 7 minutes between each stretch protocol. Seven
minutes after the last stretch, a single twitch and tetanus was
imposed on the muscle from L0. A force-frequency protocol
followed using the following frequencies in the following
order 1, 5, 10, 20, 40, 60, 80, 100, and 150 Hz, and waiting
30, 30, 60, 90, 120, 120, 120, 120 seconds, respectively, in
between each activation. The muscle was then fatigued by
stimulation at 60 Hz every three seconds for a total of 100
stimuli. The data from each experiment were analyzed with
Aurora’s DMA software, Microsoft Excel, and Kaleidagraph
3.6. Twitch and tetanus force and kinetics were determined
using Aurora’s DMA software. When the experiment was
completed muscles were dried with blotting paper and were
then weighed. The average cross-sectional area was obtained
by dividing the weight by the specific gravity of muscle (1.06)
and by the muscle length.

2.3. Immunohistochemistry. The primary antibodies used for
immunostaining are commercially available: (1) monoclonal
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mouse anti-myosin heavy chain (MHC) II, clone MY-32
(1 : 1,000; cat# M4276, Sigma) and (2) monoclonal mouse
anti-skeletal myosin MHC I, clone NOQ7.5.4D (1 : 4,000;
cat# M8421, Sigma), and (3) MuRF1 was detected with
specific antibodies as recently described [16]. The secondary
antibodies used for immunostaining were (1) goat anti-
mouse IgG-Cyanine Cy2 (1 : 100; cat# 115-225-174, Jackson
Lab), (2) donkey anti-chicken IgY-Cyanine Cy3 (1 : 1000;
cat# 703-165-155, Jackson Lab), (3) donkey anti-mouse
Cyanine Cy3 (1 : 1000; cat# 715-165-150, Jackson Lab),
and (4) donkey anti-rabbit Cyanine Cy3 (1 : 100; cat# 711-
165-152, Jackson Lab). Frozen cross-sections of muscles
for immunostaining were fixed with 4% paraformaldehyde
in 0.2 M phosphate buffer (PB) for 10 minutes at room
temperature, washed with PBS 3 times for 3 minutes each
and then blocked/permeabilized with 0.1 M glycine/0.2%
triton X-100 in phosphate-buffered saline (PBS) for 1 hour.
Subsequently the slides were incubated with a solution
containing the primary antibody, 3% normal goat serum
and 0.3% triton X-100/0.1 M PB overnight in a moisture
chamber (4◦C). After washing with 0.1M PBS (3 times
for 10 minutes each), a solution containing the secondary
antibody and 0.3% triton X-100/0.1 M PBS was added for
2 hours in a dark chamber. The slides were then washed
in 0.1M PB (3 times for 10 minutes each) and mounted
with Vectashield mounting medium for fluorescence with 4′,
6-diamidino-2-phenylindole (DAPI) (cat# H-1200, Vector
Labs) and coverslipped.

2.4. Quantitative and Morphometric Analysis. The quan-
titative and morphometric analysis were evaluated on a
microscope (Nikon Eclipse E600, Fukuoka, Japan) equipped
with a digital video camera and image software (Metamorph,
Universal Imaging Corporation, Downingtown, USA) digi-
tizing unit connected to a computer (Image Pro-plus, Media
Cybernetic). For the determination of muscle fiber type I and
II and cross-sectional area (CSA), a total of approximately
500 fibers per muscle per each group were studied. Three to
four cross-sections of the soleus and muscles from different
animals were analyzed in all groups. For classification of type
I and type II fibers, positive immunolabeling for MHCI and
MHCII antibodies were used, respectively. Fibers which were
lightly labeled were considered intermediary.

2.5. Gel Electrophoresis and Western Blots. Protein extracts
were prepared from frozen samples of soleus and tibialis
cranialis muscles of 6 unsuspended, suspended and reloaded
wild type mice. A total of 50 μg of solubilized extracts
were loaded on gel, and separated on 4–10% gradient
SDS-acrylamide gels (Invitrogen) followed by transfer onto
PVDF membranes. The protein levels of MuRF1 were
determined with specific antibodies previously described
[17, 18]. After incubation with primary antibodies, spe-
cific bands were visualized by enzymatic chemilumines-
cence using horseradish-peroxidase-conjugated secondary
antibodies, (Super Signal West Pico; Pierce, Bonn, Ger-
many), that were quantified by densitometry using a one-
dimensional scan software package (Scanalytics, Rockville,

USA). Loading and blotting variability was monitored on
duplicate Westernblots, reacted with antibodies specific
for alpha-Tubulin (monoclonal rabbit anti-alpha-Tubulin
antibody from CellSignalling (#2125); used at 1 : 1,000).

2.6. Statistics. Multiple comparisons of mean values were
performed with analysis of variance (ANOVA), for compar-
isons of only two groups, the unpaired t-test was used. For
all comparisons, a P < .05 was considered significant.

3. Results

3.1. MuRF1 Induction during Hindlimb Suspension and
Its Effect on Muscle Atrophy. First, we used the hindlimb
suspension model to monitor MuRF1 protein expression
by Western blots. For this, we compared unsuspended,
suspended and reloaded muscles and included in our study
soleus muscle (SO; because it has mixed-fiber types), as well
the M. tibialis cranialis (TC, because it is an almost pure fast-
fiber type muscle). Our blots detected basal levels of MuRF1
expression also in all nonsuspended WT control samples
(about 25% of suspended protein levels; see Figure 1).
Hindlimb suspension resulted in a severalfold upregulation
of MuRF1 protein expression (3.9 fold in tibialis cranialis,
3.6-fold in soleus). This process was fully reversible: 5 days
of reloading resulted in a return of MuRF1 expression to
basal levels (Figure 1). Finally, our blot results were similar
for tibialis and soleus muscle types (Figure 1).

Functionally, ten days of hindlimb suspension resulted
in a 25% weight reduction of the soleus muscle. This
effect was absent in the MuRF1-KO mouse (Table 1). We
also determined the cross-sectional area of the muscles
and found that the area was significantly reduced during
hindlimb suspension of the wt mice (P < .01) but that
there was no change in the during hindlimb suspension
of the KO mice (P > .05) (Figure 2). We next measured
the cross-sectional area of muscle fibers in the soleus
muscle (measurements at L0, see below), using immuno-
histochemistry to classify fibers as type I and II, because a
recent study suggested that MuRF1 regulates type-II fiber
trophicity in the denervation model [19]. We found that
during hindlimb suspension of WT mice the cross-sectional
area was significantly reduced in both type I and type II
fibers (Figure 3, P < .05). A minor reduction of cross-
sectional area in MuRF1-KO animals was detectable but not
significant. Fiber type distribution was not altered in the wt
or in the MuRF1-KO soleus after hindlimb suspension. This
conclusion is consistent with an SDS-PAGE based analysis of
MHC isotypes in the respective samples (see Table 2). In sum,
during hindlimb suspension the soleus muscle atrophies in
WT mice, due to a reduction in the cross-sectional area of
both type I and type II fibers. Soleus from MuRF1-KO mice
seems to be affected only marginally.

3.2. Soleus Muscles from MuRF1-KO Mice Have Normal
Contractility. Next, we studied contractile parameters of
soleus muscle. Muscles were twitch activated and gradually
stretched to L0, the length at which twitch force is maximal.
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Figure 1: MuRF1 protein expression and hindlimb suspension. MuRF1 protein expression was monitored in tibialis cranialis (TC) and
soleus (Sol.) muscles before (co; control), after unloading by hindlimb suspension (ul), and after reloading (rl). MuRF1 expression was
compared relative to alpha-tubulin (a) or actin (b) as a control for loading and blotting. Low levels of MuRF1 protein were detected in
control TC and Sol.; MuRF1 was severalfold elevated after unloading by hindlimb suspension in both muscle types and returned to nearly
normal expression levels after 5 days of reloading (rl).
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Figure 2: Cross-sectional analysis of soleus muscle. The cross-
section of wt soleus muscle is significantly reduced during hindlimb
suspension (wt sus), but not in the MuRF1-KO mice. “∗” indicates
statistical significance and “NS” its absence.

Table 1: Soleus weights (mg).

WT KO

Control 6.9± 0.5 (8) 6.2± 0.6(6)

Susp. 5.2± 0.5 (8) 6.5± 0.5 (8)

P-value 0.03 NS

We then determined the force-frequency relation by impos-
ing a 1 second pulse train at progressively higher frequency
(see Section 2). No differences were found in the force
frequency relation of the four studied groups (WT and KO,

Table 2: Soleus fiber types based on MHC/SDS-PAGE typing.

WT KO

Control
Type I 32.2± 1.9 (8) 35.7± 2.1 (6)

Type IIA+IIB 67.8± 3.9 (8) 64.3± 4.1 (8)

Susp.
Type I 34.1± 2.7 (8) 34.7± 2.0 (6)

Type IIA+IIB 65.9± 4.9 (8) 65.3± 3.9 (8)

P-value NS NS

suspended and unsuspended). In all groups, muscle force
reached a maximum at a stimulation frequency of ∼100 Hz
and the half-maximal force was reached at a stimulation
frequency of ∼35 Hz. The identical force-frequency relations
suggest that hindlimb suspension and the absence of MuRF1
does not affect calcium cycling.

We next studied the effect of hindlimb suspension on
the maximal tetanic force (stimulation frequency 150 Hz)
in both wt and KO mice and found that this force was
significantly reduced during hindlimb suspension of wt mice
(P < .01), with no effect in MuRF1-KO mice (see Figures
4(a) and 4(b)). However, when the maximal force was
normalized to the cross-sectional area of the muscle, the
obtained specific forces were not different amongst the 4
groups (see Figure 4(c)). Thus, the atrophy that occurs in
wt mice fully explains the reduction in tetanic force during
hindlimb suspension of wt mice. The absence of an effect of
hindlimb suspension on both total force and specific force in
MuRF1-KO mice (Figures 4(b) and 4(c)) is consistent with
the absence of atrophy. Additionally, the finding that the
force of MuRF1-KO mice is the same as that of unsuspended
wt mice suggests that under our experimental conditions the
absence of MuRF1 does not affect the functionality of the
contractile proteins. This is also suggested by the absence of
differences between wt and KO groups in the time required
to reach maximal tetanic force and the force relaxation time
when stimulation was terminated (results not shown).
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Figure 3: Fiber cross-sectional and fiber type analysis. (a) and (b): examples of cross-sections of soleus muscle stained for type I and type
II fibers of wt (top row) and MuRF1-KO (bottom row) of control (left two columns) and suspended (right two columns) mice. (c): cross-
sectional area analysis; (d): fiber type analysis.

3.3. Altered Twitch Potentiation and Fatigability in MuRF1-
Deficient Soleus Muscle. We also measured the well-known
phenomenon of twitch potentiation, by measuring twitch
force prior to a tetanic stimulation and immediately after
tetanic stimulation. Figure 5(a) shows an example of the
used protocol. The increase in twitch force after the tetanus
(i.e., twitch potentiation) has been shown to be due to
increased myosin light chain 2 (MLC2) phosphorylation
during the tetanus [20] which in turn increases calcium
sensitivity. Interestingly hindlimb suspension results in a
significant reduction in the twitch potentation of MuRF1-
KO mice (Figure 5(b)). This finding suggests that MuRF1
is likely to play a role in MLC2 phosphorylation, by
either having an effect on the activity of the myosin light
kinase or on the ability of the MLC2 to become phos-
phorylated. Additional experiments with phospho-specific

antibodies will be required to further investigate this hypoth-
esis.

Next, we studied the development of fatigue of soleus
muscle by stimulation at a submaximal frequency (60 Hz
for 1 second) every three seconds for a total of 5 minutes.
The mean data of all muscles are shown in Figure 6(a). The
percent of maximum peak force for the first five stimuli
and subsequent every fifth were plotted and fitted to a
double sigmoidal curve. We found that the muscles from
the hindlimb suspended mice had a significant difference
between wt and MuRF1-KO mice in that the wt mice had
significantly less fatigue than the KO mice. Figure 6(b) shows
the force after 2 minutes of the fatigue protocol; the results
clearly reveal that muscles from the KO suspended mice had
fatigued significantly more than those from the wt suspended
mice.
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Figure 4: Tetanus Contraction. We stimulated the soleus muscle
to a maximum tetanic contraction at a stimulus frequency of
150 Hz. (a) Example of a tetanus of a wt mouse. (b) Mean
results of wt and MuRF1-KO mice who had been suspended or
unsuspended. There is a significant difference when comparing
the absolute peak tetanic force. The data from wt unsuspended
mice are significantly different from those of wt suspended
mice. However, there is no significant force reduction between
the KO unsuspended and the KO suspended mice. (c) Specific
tetanic force comparisons did not reveal a significant differ-
ence.
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Figure 5: Twitch potentiation. (a) example of protocol. A twitch
was elicited before and following a tetanus contraction and peak
twitch force after contraction was compared to that before. (b)
There is a significant difference between the wt suspended and KO
suspended in twitch potentiation, indicating a difference in MLC
phosophorylation between the wt and KO mice.

4. Discussion

4.1. MuRF1’s Role in Atrophy. Previous studies on MuRF1’s
role in the development of muscle atrophy were carried out
in a denervation (DEN) model in which the sciatic nerve was
cut and the lower limb muscles were denervated in wt and
MuRF1-KO mice [11]. Results showed that MuRF1-KO mice
had a 36% reduction in atrophy after 14 days of denervation.
Because denervation might activate catabolic pathways via
inflammatory and stress-related pathways that in turn might
overlap with MuRF1 signaling pathways (e.g., for shared
TNF-alpha and MuRF1 signaling, see [21]) we used a
hindlimb suspension model which induces atrophy but keeps
innervation intact. Furthermore we limited our analysis to
10 days after suspension when atrophy is significant but not
yet severe, and reaches ∼25% atrophy in wt mice in the
here analyzed two muscle types, tibialis cranialis and soleus.
We intentionally focused our analysis on this shortened
time period in an attempt to potentially gain insights into
physiological rather than purely pathophysiological roles of
MuRF1. Furthermore, we focused in our analysis on soleus
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Figure 6: Muscle Fatigue. We fatigued the soleus muscle by stimulating the soleus muscle at a submaximal frequency (60 Hz, inset of
Figure 5(a)) every three seconds for a total of 100 stimuli. (a) The mean force of all muscles. (b) Force at the 105 second time point. There is
a significant difference between the wt suspended and the MuRF1-KO suspended mice.

muscle because it is one of the few muscles in the mouse with
a high number of slow twitch fibers, making it possible to test
for fiber-type differences in MuRF1-based muscle protection.

Future studies are required to address the effect of longer
hindlimb suspension periods, extending for 2 weeks or
longer. However, here, using this study design, we found a
remarkable protection of the soleus muscle in the MuRF1-
KO mice during the tested 10-day-suspension period, dis-
playing virtually complete protection (Table 1 and Fig-
ure 2). This high degree of protection is remarkable because
MuRF1-KO muscle tissues will express other atrogenes such
as atrogin-1, thought to be capable of catalyzing multi-
ubiquitination and UPS-dependent degradation of muscle
proteins [6, 12]. Also interestingly, we could not detect a
fiber-type dependence of MuRF1-based muscle protection
here: both nonsuspended and suspended MuRF1-KO soleus
tissues had comparable fiber type distributions, and both
fiber type subpopulations were protected from atrophy in
the absence of MuRF1 as shown by immunohistochemical
typing as well as SDS-PAGE based MHC I/ MHC II
quantification. This contrasts recent data that were obtained
with the MuRF1-KO mice when using the denervation
model: here, MuRF1 protein was preferentially induced in
type-II fibers from the fast TA muscle. Consistent with an
MuRF1 induction in type-II fibers by DEN, we found a
preferential protection of type II fast fibers in the MuRF1-KO
mice during DEN-induced atrophy [19]. Taken together, our
data confirm an important role for MuRF1 during muscle
atrophy development, but also stress the importance of using
different atrophy induction models, and to analyze the effects
that occur in fast and slow fiber type populations separately.

4.2. MuRF1 and Fatigue Control. Because we recently noted
that MuRF1 overexpression causes metabolism effects we
also compared wt and MuRF1-KO M soleus muscle with

regards to their fatigue resistance when stressed by repetitive
stimulations. Consistent with the idea that the role of MuRF1
extends to energy metabolism control [22], we found that
inactivation of MuRF1 increases sensitivity to fatigue. A
degradation or modification of contractile or regulatory
proteins within the myofibril by MuRF1 is an unlikely expla-
nation, because specific tetanic force and the force-frequency
relation of suspended soleus muscle from wt and from
MuRF1-KO mice were comparable (we also obtained similar
findings from MuRF1-overexpressing MuRF1-TG mice, data
not shown). Therefore, possibly MuRF1 signalling affects
the control of oxidative phosphorylation, either indirectly by
affecting mitochondrial functions (for an effect of MuRF1
overexpression on the mitochondrial matrix protein PDC,
see [14]), or indirectly by affecting the ATP regenerating
MCK enzyme activity [23]. Such a model where MuRF1
exerts its effects on muscle indirectly via its control of
energy metabolism would also explain why overexpression
of MuRF1 alone is not sufficient to cause a muscle atrophy
but instead affectes energy metabolism [14], for a review see
[24].

In our study we found significant differences in twitch
potentiation between wt and MuRF1-KO muscle (Figure 5).
Twitch potentiation can be explained as follows. The calcium
that is released into the sarcoplasm when a muscle is
tetanized not only activates the thin filament, allowing
contraction to take place, but also activates the skeletal mus-
cle Ca2+ /calmodulin-dependent myosin light chain kinase
(skMLCK) to initiate phosphorylation of MLC2 (also known
as regulatory light chain, RLC). MLC2 phosphorylation does
not increase maximal tetanic force but increases force at
submaximal calcium levels, such as occur during a twitch
contraction. Thus after the tetanus has been terminated, the
phosphorylation status of MLC2 is elevated for some time
(ultimately phosphatases reduce the phosphorylation state
back to baseline) and twitch force is potentiated [20]. We
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previously noted that MuRF1 interacts in the Y2H system
with MLC2 [16]. Possibly MuRF1 functions as an adapter
protein to facilitate MLCK and MLC2 interactions. Because
MuRF1 has been suggested to regulate the turnover of
MLC-2 [13] it is also possible that the absence of MuRF1
negatively impacts the degree to which MLC2 is phosphory-
lated during tetanic stimulation. Alternatively MuRF1 might
have an effect on skMLCK or on the phosphatase that
dephosphorylates MLC2P. Future work is needed to establish
the mechanisms by which MuRF1 deficiency reduced twitch
potentiation in muscle from hindlimb suspended mice.

Taken together, our data indicate that the functions
of MuRF1 extend beyond regulating myofibrillar protein
breakdown, and include intricate fine-tunings of the phos-
phorylation status of MLC2 and metabolic properties of the
skeletal muscle apparatus.
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Freeze-fracture electron microscopy enabled us to observe the molecular architecture of the biological membranes. We were
studying the myofiber plasma membranes of health and disease by using this technique and were interested in the special
assembly called orthogonal arrays (OAs). OAs were present in normal myofiber plasma membranes and were especially numerous
in fast twitch type 2 myofibers; while OAs were lost from sarcolemmal plasma membranes of severely affected muscles with
dystrophinopathy and dysferlinopathy but not with caveolinopathy. In the mid nineties of the last century, the OAs turned out
to be a water channel named aquaporin 4 (AQP4). Since this discovery, several groups of investigators have been studying AQP4
expression in diseased muscles. This review summarizes the papers which describe the expression of OAs, AQP4, and other AQPs
at the sarcolemma of healthy and diseased muscle and discusses the possible role of AQPs, especially that of AQP4, in normal and
pathological skeletal muscles.

1. Introduction

Water is an essential substance for mammals, invertebrates,
plants, and microorganisms. Water channel proteins named
aquaporins (AQPs) have been found in the cell membranes
of these organisms. In mammals, they have been identified
in cell membranes such as in epithelial and endothelial
cells. The first cloned water channel, AQP1, was purified
from human erythrocytes by Agre and his associates [1]
and its cDNA sequence was reported by Preston and Agre
[2]. Then its water transporting capacity was demonstrated
by cDNA expression studies in Xenopus oocytes [3]. So far
13 AQPs (AQP0∼AQP12) have been cloned and sequenced
in mammalian tissues. Each is a small intrinsic membrane
protein of molecular weight ∼30 kDa. These AQPs are
classified into two groups: one is water selective channel
(orthodox AQPs) and another is water, glycerol, and urea
channel (aquaglyceroporins). Among 13 AQPs, AQP4 has
a characteristic ultrastructural feature, since AQP4 can be
identified by freeze-fracture (F-F) electron microscopy and
can be seen as orthogonal arrays (OAs) in this method
[4, 5]. We have so far been studying the pathophysiology

of dystrophic muscles at RNA and protein levels including
F-F electron microscopy. We found that the densities of both
OAs and their subunit particles were reduced in Duchenne
muscular dystrophy (DMD) muscles [6, 7]. So I would like
to begin this review from F-F aspect of biological membrane
especially focusing on OAs.

2. Tissue Distribution of Orthogonal
Arrays (OAs)

The cleavage line of F-F goes into hydrophobic interior of
biological membrane and F-F technique yields two leaflets
of biological membrane: one is protoplasmic (P) face and
another is extracellular (E) face [8]. The presence of OAs
in cytoplasmic half (P face) of frozen cleaved biological
plasma membranes has been described in different cell types
of different species and different organs and tissues. Those
containing OAs in their membranes include epithelial cells
of the small intestine [9], brain astrocytes [10, 11], skeletal
muscle cells [12–14], cardiac muscle cells [15], light cells
of the kidney collecting tubules [16], tracheal epithelial
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cells [17], satellite cells of developing spinal ganglia [18],
sympathetic ganglia [19], gastric parietal cells [20], olfactory
receptor cells of the newt [21], and tanycytes of the organum
vasculosum of the lamina terminalis in dog [22]. The
functional significance of this specific assembly (OAs) was
unknown until Verkman and his coworkers discovered its
function as water channel [4, 23–25]. Possible functions
thought before the discovery included (1) regulation of
membrane permeability [10, 16], (2) membrane transport of
ions and so on [10, 14, 19–22, 26], (3) regulation of osmotic
pressure [21], (4) conduction of activities of epithelial
cells [17], (5) cell-to-cell communication [27], (6) adhesive
properties [19], and (7) cellular junction [9, 22]. Before the
discovery of OAs function as water channel, it was unknown
whether the OAs acted as a monofunctional apparatus or one
with several functions that differed in different organs and/or
tissues.

3. OAs in Skeletal Muscle

In skeletal muscle, P face of muscle plasma membrane
contains OAs and E face contains pits of OAs. Sirken and
Fischbeck [28] reported that, in normal rat muscle, OAs
were virtually absent at birth, but increased steadily from
day 1 to day 27. After day 27, the number of OAs declined
somewhat, then plateaued. The OA density is the highest at
two months after birth in mouse skeletal muscle and, then,
decreases gradually after that time [29]. The OA density is
reported to be high in fast twitch type 2 myofibers; while it is
few in slow twitch type 1 myofibers [30]. In human skeletal
muscle, distribution frequency of OAs per square micron in
normal muscle plasma membrane showed that almost all
myofibers contained the OAs [7]. The age-related changes of
OA densities were not studied in human skeletal muscles.

4. Discovery of Dystrophin and
Its Associated Glycoproteins

DMD is a devastating disorder characterized by severe
progressive muscle wasting and cardiac involvement both of
which lead to a loss of ambulation by about 11 years of age
and death by the third decade, mostly due to cardiac and/or
pulmonary insufficiency [31]. Novel studies by Kunkel and
his associates cloned the entire cDNA responsible for DMD
[32] and determined its complete sequence [33]. The protein
product of the cDNA is a large 427-kDa muscle protein that
has been named dystrophin [34]. The immunofluorescent
studies performed by the several groups of investigators
demonstrated the localization of dystrophin at the sur-
face membranes of the normal skeletal myofibers [35–38].
The immunoelectron microscopic investigations revealed
the localization of dystrophin along the inner surface of
muscle plasma membrane [39, 40]. Dystrophin constitutes
5% of membrane cytoskeletons in skeletal muscle [41].
Dystrophin is a membrane cytoskeletal protein anchored to
the inner surface of the sarcolemma of normal myofibers by
dystrophin-associated glycoproteins (DAGs) [42, 43]. DAGs

contain extracellular α-dystroglycan, the transmembrane β-
dystroglycan, α-, β-, γ-, δ-sarcoglycan and sarcospan, and
cytoplasmic syntrophins and dystrobrevins [43]. The trans-
membrane β-dystroglycan and extracellular α-dystroglycan
are encoded by a single messenger RNA and are translated in-
frame from a single 97-kDa precursor protein [44, 45]. The
α-dystroglycan binds to laminin of extracellular matrices in
muscle and nonmuscle tissue [45]; whereas β-dystroglycan
interacts directly with dystrophin [46]. α-, β-, γ-, and δ-
Sarcoglycans contain one transmembranous domain; while
sarcospan has four transmembranous domains [47–52].
Syntrophins and dystrobrevins are the cytoplasmic com-
ponents of DAGs [43]. Syntrophins contain α, β1, β2,
γ1, and γ2 isoforms which have been characterized so far
[53, 54]; while dystrobrevins have α (−1 ∼ −5) and β-
isoforms [55–58]. Alternative splicing yields five forms of α-
dystrobrevin, of which two predominate in skeletal muscle:
full-length α-dystrobrevin-1 (84 kDa), and C-terminal trun-
cated α-dystrobrevin-2 (65 kDa) [57]. α-Dystrobrevin-2,
short isoform, binds dystrophin; whereas α-dystrobrevin-1
binds both dystrophin and utrophin [57]. Among five
syntrophin isoforms, α1-syntrophin is present at its highest
levels in skeletal muscle [59, 60] where it is located close
to the inner surface of muscle plasma membrane together
with β1-syntrophin. In contrast, β2-syntrophin is mainly
concentrated at the neuromuscular junction [61]. AQP4
molecule turned out to be associated with α1-syntrophin as
described below, although the association is not always the
case.

5. Discovery of AQP4 and Its Relation to OAs

In 1995, Frigeri et al. [24] proposed that the OAs seen in F-
F electron microscopy are AQP4. Then Yang et al. [25] first
demonstrated that OAs are AQP4. Finally Verbavatz et al.
[4] showed that OAs are absent in AQP4 knockout mouse.
In central nervous tissues, astroglial endfeet membranes
contain numerous OAs. Rash et al. [62] described that the
direct immunogold labeling of AQP4 was observed in OAs
of astrocyte and ependymocyte plasma membranes in rat
brain and spinal cord. In skeletal muscle, Shibuya et al. [63]
reported that anti-AQP4 antibody labeled OAs in the plasma
membrane of normal rat skeletal myofiber by using fracture
label electron microscopy.

6. AQP4 Binds to α-Syntrophin

α1-Syntrophin knockout mice do not reveal any abnor-
mal clinical phenotype and their skeletal muscles do not
show pathological features in hematoxylin-eosin staining
specimens. However, their muscle specimens with anti-
AQP4 antibody immunostaining did not reveal any positive
immunoreactivity [64, 65]. Adams et al. [66] thought that
the C-terminal amino acid sequence of AQP4 is-VLSSV
which is a potential class I PDZ domain interaction sequence.
So they generated transgenic mice to determine whether the
membrane localization of AQP4 depended on a syntrophin
PDZ domain. Using their mice, they found that AQP4 was
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Figure 1: High magnification freeze-fracture view of muscle plasma membrane P faces (a) and (b) and E faces (c) and (d). Normal control
muscle contains numerous orthogonal arrays (arrows in (a)) and their pits (arrows in (c)); while Duchenne muscular dystrophy muscle
contains apparently no orthogonal arrays (b) and their pits (d). Asterisk in (a)–(d) is caveolae. Scale bar in (a)–(d) = 0.1 μm.

absent from the sarcolemma and thought that the syntrophin
PDZ domain is likely involved in targeting or stabilizing
AQP4 [66]. Amiry-Moghaddam et al. [67] studied mice
homozygous for targeted disruption of the gene encoding
α-syntrophin (α-Syn−/ −) and also found that these mice
showed a marked loss of AQP4 from perivascular and subpial
membranes but no decrease in other membrane domains
[67]. In addition, Au et al. [68] described that AQP4 loss
did not always correlate with loss of α-syntrophin in muscle
disease. Based on these reports, it is suggested that AQP4 is
associated with α-syntrophin, although this association is not
always the case.

7. OAs and AQP4 Expression in Diseased
Muscles and Muscles of Animal Models

The myofiber plasma membrane of DMD was thought to
be fragile [69] and, in fact, the plasma membrane defect of
DMD myofiber was demonstrated by electron microscopic
observations [70–72]. So expression and distribution fre-
quency of OAs in the diseased muscles were the interesting
research subject at that time. Those of DMD were well
analyzed [6, 73, 74]. The F-F findings of DMD muscle
plasma membrane were the decreased density of individual
intramembranous particles as well as OAs, or the loss of
OAs [6, 33, 34] (Figure 1). The subunit particles constituting
OAs were also reduced in the muscle plasma membrane of

DMD [7]. Similar findings were recognized in the muscle
plasma membrane of Fukuyama type congenital muscular
dystrophy (FCMD) [75]. The muscle plasma membranes
with Becker muscular dystrophy also showed the decrease of
OA density. In the muscles of the mdx mouse, the mouse
model of DMD, the muscle plasma membranes revealed
the decrease of OA density but there was less conspicuous
depletion of the individual intramembranous particles [76,
77]. The depletion of OAs was also seen in the muscle
plasma membranes of dy/dy mice [78] and dystrophin exon
52 knockout mice [79]. In the denervated muscles, the
muscle plasma membranes with early to moderate stage of
amyotrophic lateral sclerosis (ALS) contained the substantial
number of OAs [35]. Although the F-F study of muscle
plasma membranes with advanced stage of ALS has not
been reported, the muscle plasma membranes of advanced
stage of ALS may have few OAs, since the rat muscles with
early denervation contained no OAs [28]. DMD is a major
type of human muscular dystrophy and AQP4 expression
in DMD muscles has been intensively investigated. Three
groups of investigators [68, 80, 81] reported the results
of AQP4 expression of DMD muscles and those of mdx
mouse muscles have also been described [82, 83]. All reports
described that the AQP4 protein expression was reduced
in the muscles of DMD boys (Figure 2) and mdx mice
by immunohistochemistry. At RNA level, the results of
the relative AQP4 mRNA contents of muscles with DMD
boys [68, 81] and mdx mice [83] were somewhat different.
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Figure 2: Immunofluorescence with anti-AQP4 antibody of
normal control muscle (a) and Duchenne muscular dystrophy
muscle (DMD) (b), and that with anti-spectrin antibody of serial
muscle section of DMD (c). Positive immunoreactivity with anti-
AQP4 antibody is seen in apparently all myofibers of normal
control muscles (a); while it is noted in mosaic pattern in
DMD muscle (b). DMD muscle contains less numerous myofibers
with positive immunoreactivity of anti-AQP4 antibody (b) than
myofibers with that of anti-spectrin antibody (c). Scattered anti-
AQP4 immunonegative fibers (asterisks in (b)) are noted in DMD
muscle. Scale bar in (a)–(c) = 50 μm.

We [81] and Au et al. [68] reported the decreased contents
of AQP4 mRNA in DMD muscles; while Frigeri et al.
[83] reported the normal level of AQP4 mRNA content
of mdx mouse muscles and described that the decreased
total content of AQP4 protein was not at transcriptional
level. Au et al. [68] conducted the immunohistochemistry
of AQP4 in the cultured DMD muscle cells and found
the normal expression of AQP4. So they suggested that
the reduced expression of AQP4 in DMD muscles was
secondary to dystrophic process. Reduced AQP4 expression
was also reported in severe muscular dystrophies such as
FCMD [84], limb girdle muscular dystrophy (LGMD) type
2B [68, 85], sarcoglycanopathies [85], and animal models of
sarcoglycanopathies [86]. However, in immunofluorescence
analysis, AQP4 was reported to be expressed normally at
the sarcolemma of biopsy samples from LGMD type 1C and
facioscapulohumeral muscular dystrophy [80]. Many inves-
tigations revealed that the muscle contractile cycle appears to
be associated with water entry into and exit out of the muscle
cell [87, 88]. Muscle contraction needs energy supply which
depends on anaerobic glycolysis in the fast twitch type 2
myofibers. The end product of anaerobic glycolysis is lactate
and an increase of lactate by exercise promps a rapid flux of

water from the vascular compartment. The fast twitch type
2 myofibers contain many OAs (AQP4) in their sarcolemmal
plasma membranes. The water molecule passes the cell mem-
brane very rapidly through AQP4 water channel [89]. This
water displacement may affect the membrane potential and
thus muscle membrane excitability. Thus AQP4 is suggested
to play a role in determining a rapid osmotic transfer of water
from blood to muscle cell during muscle contraction. The
dystrophic muscle immunohistochemistry tends to show the
slow twitch type 1 fiber predominance. Slow twitch type 1
fiber contains less numerous OAs (AQP4) in the sarcolemmal
plasma membrane. The decreased expression of AQP4 in
the diseased muscles may relate to the slow contraction
of voluntary muscles and thus, in part, may have relation
to the slow motion of the myopathic patients, although
the patient’s slowness mostly results from their muscle
weakness. The defective expression of AQP4 in FCMD
muscles may be based on the reduced expression of α1-
syntrophin, which binds to AQP4, in FCMD muscles [90].
The central part of FCMD pathophysiology is the defective
glycosylation of α-dystroglycan [91], however, the decreased
expression of α1-syntrophin in FCMD muscles is reported
to be due to the retarded maturation of FCMD muscles
[91]. Reduced density of OAs was also reported in Becker
muscular dystrophy (BMD) muscles and this reduction was
correlated to the severity of BMD [92]. Furthermore, AQP4
expression of muscles with neurogenic muscular atrophy
such as ALS was studied by Jimi et al. [93]. They reported that
reduced expression of AQP4 was detected in ALS muscles.
This phenomenon is confirmed by experimental studies
[28, 94]. The implication of decreased AQP4 expression in
the muscles of human muscular dystrophies and neurogenic
atrophy is unknown. Animal models such as AQP4 knockout
mice [95] and AQP4 overexpressing mice [96] showed no
abnormal clinical phenotype. In dy/dy (laminin 2 deficient)
mice, the reduction of OAs in the muscle plasma membrane
was more marked than that of mdx mice [78].

8. Other AQPs Expressed in Sarcolemma

The presence of AQP1, 3, 4 mRNAs in skeletal muscle has
been described [97–99]. Further Wang et al. [100] reported
that they detected the mRNAs of AQP1, 3, 4, 7, 8, 9,
and 10 in human masseter muscle and those of AQP1,
3, 4, and 10 in human infrahyoid muscle by RT-PCR.
However, these AQPs mRNA expressions were considered to
be the contamination of blood vessels (AQP1), adipocytes
(AQP7), and leukocytes (AQP9) in skeletal muscle tissues
[95]. To rule out this possibility, we and others conducted
the immunocytochemical investigation of AQP1, 3, 5, 7, 9 of
skeletal muscles, and confirmed the presence of these AQPs
[101–105]. However, AQP1, 7 expression of normal skeletal
myofiber is controversial. The negative immunostainings of
AQP1 [106] and AQP7 [107] were described at the plasma
membrane of skeletal myofiber, although the AQP1 and
AQP7 immunoreactivities were recognized at the endothelial
cells of endomysial blood vessels. We [104] and Au et al. [68]
have performed the immunohistochemical study of AQP1
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in the skeletal muscle and showed the presence of AQP1
at the muscle membrane as well as the endothelial cells of
endomysial blood vessels. With regard to AQP1 expression
in the DMD muscles, Au et al. [68] reported that AQP1
transcript and protein expression was significantly elevated
in DMD biopsies and was localized to the sarcolemma of
muscle fibers and endothelia of muscle capillaries. The func-
tional significance of aquaglyceroporins in skeletal muscle is
unknown, however, these aquaglyceroporins function as a
glycerol channel and may relate to the lipid metabolism in
skeletal myofibers [108, 109].

9. Triglyceride Utilization and Its
Possible Aquaglyceroporin Participation in
Skeletal Muscle

The intracellular triglyceride in liver and skeletal mus-
cle has a metabolic importance [110, 111]. Fatty acids
of muscle triglyceride are derived from both circulating
lipoprotein-triglyceride and free fatty acid which comes at
least partially from adipose tissue lipolysis [110]. Lipolysis
of circulating lipoprotein-triglyceride occurs in the capillary
lumen prior to cellular uptake of fatty acids [110]. This
extracellular lipolysis is controlled by lipoprotein lipase
which is associated with the luminal side of the capillary
endothelium. Lipoprotein lipase is activated by circulating
apolipoprotein CII and inhibited by apolipoprotein CIII
[110]. Adipose tissue lipoprotein lipase activity is the
greatest [112] and is reciprocally regulated by hormone-
sensitive lipase [113]. Adipose tissue lipoprotein lipase
activity has diurnal fluctuation and is most active post-
prandially for the aim of fatty acids uptake for stor-
age; while its activity decreases when there is a flux
of fatty acids from adipose tissue such as the case in
fasting [114]. In lipogenic conditions, intracellular glucose
is converted by glycerol kinase to glycerol-3-phosphate
which is then esterified into triglycerides in adipocytes
[115].

The discovery of AQPs has greatly influenced the medical
sciences. AQP3, 7, 9, and 10 are subcategorized as aquaglyc-
eroporins, which transport the glycerol in addition to water.
Adipocytes are a major source of glycerol which is one of
the substrates for hepatic gluconeogenesis [115]. AQP7 and
9 are the glycerol channels in adipocytes and hepatocytes,
respectively, [115]. Recently AQP9 is reported to be expressed
weakly at the surface membrane of skeletal myofibers [105].
Hepatocytes and myocytes are two major insulin-sensitizing
cells [115]. Through AQP7, the hydrolyzed glycerol is
efficiently released from adipocytes into the blood stream.
AQP7 mRNA levels in adipose tissue are reduced by feeding
and increased by fasting in opposite to the changes in plasma
insulin levels. Insulin suppresses AQP7 mRNA levels through
the insulin negative element located on the promoter region
of the AQP7 gene [115]. Therefore, plasma glycerol levels are
partly determined by the action of insulin in adipose tissue.
Thus long-term regulation of AQP7 is controlled by insulin
at the transcriptional level; while short-term regulation is
under the control of catecholamines [115].

AQP9 is a glycerol channel in liver cells and is localized
at the sinusoidal plasma membrane which faces the portal
vein [115–118]. On the other hand, weakly expressed
skeletal muscle AQP9 is localized at the myofiber surface
membrane [105]. AQP9 mRNA levels are increased by
fasting and decreased by feeding [115–117], and this pattern
of changes is similar to that for glycerol kinase and for
phosphoenolpyruvate carboxykinase, the latter of which is a
key enzyme in gluconeogenesis [115]. In the feeding state, an
elevation of plasma insulin suppresses lipolysis in adipocytes,
reduces adipose AQP7 mRNA levels, and lowers the rate
of glycerol release; while liver and possibly myocyte AQP9
mRNA levels are reduced, and glycerol-based gluconeoge-
nesis seems to be suppressed [115]. The investigations of
aquaglyceroporins’ expression including that of AQP9 in
the pathological muscles due to endocrine disorders such as
muscles with type 2 diabetes mellitus will suggest some in
the functional role(s) of muscle aquaglyceroporins in these
pathological conditions.

10. Closing Remarks

The expression of AQPs in normal skeletal muscles and their
altered expression in the diseased muscles so far reported
were summarized in this review. The research of AQPs in
skeletal muscles has not been done so extensively until now
and has just begun in recent years. Further studies will
throw light into the functional role(s) of AQP4 and other
AQPs in the normal muscle physiology as well as in the
pathophysiology of diseased muscles.
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Erythropoietin (Epo) and vascular growth factor (VEGF) are known to be involved in the regulation of cellular activity when
oxygen transport is reduced as in anaemia or hypoxic conditions. Because it has been suggested that Epo could play a role in
skeletal muscle development, regeneration, and angiogenesis, we aimed to assess Epo deficiency in both normoxia and hypoxia
by using an Epo-deficient transgenic mouse model (Epo-TAgh). Histoimmunology, ELISA and real time RT-PCR did not show
any muscle fiber atrophy or accumulation of active HIF-1α but an improvement of microvessel network and an upregulation of
VEGFR2 mRNA in Epo-deficient gastrocnemius compared with Wild-Type one. In hypoxia, both models exhibit an upregulation
of VEGF120 and VEGFR2 mRNA but no accumulation of Epo protein. EpoR mRNA is not up-regulated in both Epo-deficient
and hypoxic gastrocnemius. These results suggest that muscle deconditioning observed in patients suffering from renal failure is
not due to Epo deficiency.

1. Intro duction

Erythropoietin (Epo) is know as a key-regulator of erythro-
poiesis stimulating proliferation, differentiation, and survival
growth of erythroid precursor resulting in the increased
production of red blood cells [1]. In both men and mice
exposed to altitude, plasma Epo concentration reached a
peak after a 24-hour period of exposure [2] and subsequently
declining in a progressive manner within days or weeks [3, 4].
It has been demonstrated the relative importance of altitude
Epo-induced polycythemia in the process of acclimatisation
to altitude hypoxia performed between days 4 and 9 of
exposure [2].

Through specific binding to its receptor (EpoR), Epo
triggers a chain of intracellular signaling events that depends
on activation of Jak2 tyrosine kinase [5]. Studies dealing

with the expression of EpoR revealed a role for Epo, in
addition to erythropoiesis, on various tissues such as those
of the central nervous system, pancreas, liver, lung, smooth,
cardiac and skeletal muscles (for review see [6]). As a result,
the effects of Epo as growth factor, antiapoptotic factor or
angiogenic factor on these tissues are considered of a great
interest.

Indeed, the EpoR has been identified in mouse C2C12
primary myoblast cultures [7] as well as in human skeletal
muscle [8]. On both C2C12 cells and primary cultures
of mouse myoblasts, Epo activates the proliferation of
myogenic precursor cells [7]. More recently, the injection
of recombinant human Epo (rHuEpo) has been shown to
improve the regeneration process of rat soleus muscle [9].
Taken together, these results suggest a role for Epo on the
development and regeneration of skeletal muscle.
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Epo was shown to have the same angiogenic power
as vascular endothelial growth factor (VEGF) [10]. Kertesz
et al. [11] demonstrated the role of Epo and VEGF
in the formation of new blood vessels during the early
development of tissues. Using Epo knock-out mutant, these
authors showed that angiogenesis was defective while the
vasculogenesis was relatively normal. On the other hand,
Suzuki et al. [12] observed that the nonhematopoietic
role of Epo is dispensable to organism development and
angiogenesis under normal conditions. From those data, we
suggest a compensatory mechanism to Epo deficiency in
tissues. Then we may hypothesise that the default of oxygen
transport to tissues leads to local hypoxia which induces the
accumulation of Hypoxia-Inducible Factor-1α (HIF-1α) and
then the expression of the angiogenic factor VEGF as shown
in anemic brain [13].

The VEGF-A (also referred as VEGF) protein comprises
various isoforms of 121 to 206 amino acids in humans (120
to 205 in rodents), produced by alternative splicing during
transcription [14, 15]. The 120, 164 and 188 isoforms are
the most frequently expressed ones although each one has
specific biological activities [16, 17]. VEGF121 is a freely
diffusible protein whereas VEGF189 is almost completely
sequestered in the extracellular matrix (ECM). VEGF165
has intermediate properties, as it is moderately diffusible
but a significant fraction remains bound to the cell surface
and ECM. Actually, the longer forms of VEGF are stably
incorporated to the ECM but can be released in a diffusible
form by several agents [18].

Epo deficiency is observed in patients suffering from
severe renal failure inducing intense anaemia. Skeletal
muscles of these patients present structural and functional
abnormalities that contribute to explain, at least partly,
their impaired exercise capacity, muscle deconditioning and
decreased resistance to fatigue. There is a reduction in muscle
mass associated with myofiber atrophy, mainly in type II
fibers [19, 20]. Moreover, reductions in muscle capillarity,
as well as abnormalities of mitochondria are contributing
factors for muscle fatigability [19–21]. Although muscle
deconditioning in those patients could also be due to physical
inactivity [20], those results suggest that Epo deficiency
could have consequences on muscle structure and capillar-
isation.

In order to understand whether Epo is an important fac-
tor for muscle and capillary development and maintenance
in hypoxia, we propose to use a model of erythropoietin-
SV40 T antigen (Epo-TAgh) transgenic mice with a targeted
disruption in the 5′ untranslated region of the Epo gene
that dramatically reduces its expression [22, 23] and then
induces severe anaemia. We aim to assess whether Epo
deficiency alters skeletal muscle structure in either normoxia
or hypoxia.

For this purpose, Epo-TAgh and wild-type (WT) mice
were exposed to acute and chronic hypobaric hypoxia
(equivalent to 4500 m). Results were compared to those
obtained in age-matched WT normoxic mice. We measured
plasma and muscle Epo concentrations, active HIF-1α and
VEGF protein by Enzyme-linked immunosorbent assay
(ELISA). To analyse the expression profile of each VEGF

isoform, VEGFR1, VEGFR2 and EpoR mRNA, we used the
real-time reverse transcriptase-polymerase chain reaction
(RT-PCR). The expression of Epo mRNA was evaluated
first by classical RT-PCR and second by real-time RT-
PCR. Moreover, the microvessel network was analysed in
gastrocnemius muscles as described by Charifi et al. using the
specific platelet endothelial cell adhesion molecule (PECAM)
antibody directed against CD31. The capillary-to-fiber ratio
(C/F), the number of capillaries around a single fiber and
the index of capillary tortuosity (LC/PF) were measured
to evaluate the development of elongated vessels running
parallel to the muscle fibers and the new sprouts from loops
and cross connections [24].

2. Materials and Methods

2.1. Animal Model and Experimental Groups. For this study,
male Wild-Type F1 BL6/CBA (Charles River, L’Arbresle,
France) and male Epo deficient SV-40 T antigen (Epo-TAgh)
mice were divided randomly into six groups: (a) normoxic
wild-type (Nx WT); (b) normoxic Epo-Tagh (Nx Epo-
TAgh); (c) acute hypoxic wild-type (AHx WT); (d) acute
hypoxic Epo-TAgh (AHx Epo-TAgh); (e) chronic hypoxic
wild-type (CHx WT); and (f) chronic hypoxic Epo-TAgh

(CHx Epo-TAgh). At the moment of dissection all mice were
8 weeks old. The experimental procedures were performed
in agreement with the Guide for the Care and Use of
Laboratory Animals published by the National Institutes of
Health (NIH Publication No. 85–23, Revised 1996) and
were approved by the French “Ministère de l’Agriculture”
Guidelines (authorisation number A-93-008-01).

Mice undergoing AHx and CHx were housed for 24
hours and 14 days, respectively, in a hypoxic chamber
connected to a gas pump where air circulated at a pressure of
420 mm Hg (∼4500 m). Hypobaric hypoxia was maintained
by a vacuum source at flow rates sufficient to prevent
CO2 build-up. Chamber pressure was interrupted 20–30
minutes three times a week for cleaning, and food and
water replacement. Pressure changes were achieved slowly
and the renewal of air in the chamber was sufficient to ensure
the composition of atmospheric air. Normoxic groups were
kept in a normobaric normoxic environment (760 mm Hg)
outside the hypobaric chamber. All animals were housed in
standard conditions (temperature 20–23◦C with a 12 hours
light: 12 hours dark cycle) and had free access to tap water
and food.

At the end of time of each experiment, the mice
were anaesthetized with pentobarbital, 60 mg/Kg intraperi-
toneally. Two intra cardiac blood samples were taken
for hematocrit determination with a microcentrifuge
(Microspin AMES, Germany) and hemoglobin measurement
(OSM 3, Radiometer, Copenhagen, Denmark).

Under sterile conditions, gastrocnemius muscles were
removed, rinsed in sterile phosphate buffered saline solution
(PBS). The muscles were snap frozen in liquid nitrogen or
mounted in tissue freezing embedding medium (Cryoblock,
Labonord, France) for immunohistochemistry techniques
and then immediately placed in liquid nitrogen cooled
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isopentane. Samples were stored at –80◦C until time of
analysis. The mice were then killed with a lethal dose of
pentobarbital.

2.2. Plasma and Muscle Epo Immunoassay. The quantitative
determination of mouse Epo concentration in plasma and
muscle extracts was assayed by Enzyme-Linked Immunosor-
bent assay (ELISA) by using the Quantikine Mouse Epo
Immunoassay (R&D systems Europe, Abingdon, UK).
Plasma collection and assay procedure were carried out fol-
lowing the manufacturer’s instructions. For determination
of Epo plasma concentration, Nx WT, Nx Epo-TAgh, AHx
WT and AHx Epo-TAgh were used (n = 4 in each group).
The plasma was collected using heparin as an anticoagulant,
centrifuged at 13,000×g, 15 minutes at 4◦C and stored at –
20◦C. Because nothing is known about Epo concentration
in skeletal muscle, the gastrocnemius, soleus, plantaris,
extensor digitorum longus and tibialis anterior muscles
(hindlimb muscles) were mixed to ensure an adequate
extraction volume and a sufficient protein quantity to ensure
the detection by the kit. For this experiment all conditions
were tested (n = 5 in each group). These five muscles were
homogenized together in a very small volume of PBS (1 : 4
weight/volume) to concentrate total proteins, centrifuged for
10 minutes, 5,000×g at 4◦C and directly stored at –20◦C.
After 2 freeze-thaw cycles to break-up the cell membranes,
muscle homogenates were assayed without prior dilution
whereas plasma samples required a 2-fold dilution in a
calibrator diluent provided in the kit. A standard curve was
done in duplicate using a stock solution of Epo standard
to produce a 2-fold dilution series ranging from 3000 to
0 pg/mL. In parallel, 50 μL of sample were added to 50 μL
of assay diluent specific for mouse samples into each well
of a microplate coated with a monoclonal antibody against
mouse Epo and incubated for 2 hours on a microplate
shaker at room temperature. A positive control consisting
of a recombinant Epo solution, provided in the kit, was
also loaded. After washing, 100 μL of a monoclonal antibody
against mouse Epo conjugated to horse radish peroxidase
(HRP) were added to each well and incubated for 2 hours on
a microplate shaker at room temperature. Finally, 100 μL of
substrate solution were added after 4 washes and incubated
for 30 minutes at room temperature on the benchtop in
the dark. After 30 minutes, the reaction was stopped using
100 μL of a stop solution in each well. The optical density
was measured at 450 nm. The concentration of Epo (pg/mL)
detected in each sample was compared to the Epo standard
curve. Finally, data were expressed as the ratio of the quantity
of Epo (in pg) to that of total protein (in mg) for muscles.

2.3. Determination of Active HIF-1α. Nuclear extracts of
gastrocnemius of Nx WT, Nx Epo-Tgh, AHx WT, AHx
Epo-TAgh, CHx WT and CHx Epo-TAgh mice (n = 5
per group) were obtained by using lysis buffer A: 10 mM
HEPES (pH 7.9), 1.5 mM MgCl2,10 mM KCl, 0.5 mM DTT,
0.1% NP-40, 2 mM Na3VO4, 5 mM NaF, an antiproteinase
coktail and lysis buffer B: 20 mM HEPES (pH 7.9), 1.5 mM
MgCl2,420 mM NaCl, 0.5 mM DTT, 25% glycerol, 2 mM

Na3VO4, 5 mM NaF and antiprotease coktail as described
in the protocol of DuoSet IC Mouse active HIF-1α (R&D
System, Europe, Abingdon, UK). The determination of
active HIF1-α has been carried out as described by the
manufacturer (R&D System, Europe, Abingdon, UK).

2.4. Total RNA Isolation and cDNA Synthesis. Total RNA
was extracted from the gastrocnemius muscle of mice from
different groups (Nx, AHx and CHx from WT and Epo-
TAgh mice; n = 5 in each group) by using the RNeasy Mini
Kit and it was digested with RNase free DNase Set (Qiagen,
Courtaboeuf, France) following the method provided by the
manufacturer. RNA preparations were quantified by using
an ultraviolet visible recording spectrophotometer (LKB
Pharmacia Ultrospec) using absorbencies at 260 and 280 nm.
To evaluate the purity of the extracted RNA, absorbance
ratios at 260 nm/280 nm (RNA/protein) were determined.
We controlled the 260/280 ratio which was between 1.8 and
1.9, indicative of pure RNA. Reverse transcription (RT) was
carried out to synthesize the first strand cDNA from 1.9 μg
of mRNA with the SuperScript III First-Strand Synthesys
System (Invitrogen, Carlsbad, CA, USA).

2.5. Semiquantitative RT-PCR. Polymerase chain reaction
(PCR) techniques were used to identify the expression of Epo
mRNA in the experimental samples. The cDNA sequences
for the genes of interest were obtained from GenBank. All the
primers sequences and RT-PCR parameters used in this study
are described in Table 1. The PCR reaction mix contained
10X reaction buffer, 50 mM MgCl2, dNTP mix (10 mM each
dATP, dGTP, dCTP and dTTP at neutral pH), 1 μM primers
of Epo or β-actin, Taq polymerase (Invitrogen, France),
cDNA and sterile water. PCR was carried out by using a
DNA Thermal Cycler (R&D Sytem, England) as follows:
95◦C for 5 minutes; then 35 cycles for β-actin and 38 for
Epo of denaturation at 95◦C for 1 minute, annealing at 60◦C
for 1 minute and extension at 72◦C for 1 minute each. A
10 μL portion of the amplified PCR product was analysed
by electrophoresis on a 2% agarose gel that was stained
with ethidium bromide for visualization of DNA bands by
ultraviolet illumination. A 50–base pair (bp) ladder DNA
molecular weight marker was used (Fermentas, France) to
provide a size reference for the test reactions.

2.6. Real-Time RT-PCR. Real-time RT-PCR technique was
used to identify the distribution of VEGF isoforms, VEGFR1
VEGFR2 and EpoR in the RNA samples. The cDNA
sequences were obtained as described above and presented
in Table 1. The VEGF common forward primer is located
on exon 4, the VEGF120 reverse primer is located on the
boundary of exon 5 and exon 7, VEGF164 reverse primer is
located on the boundary of exon 5 and exon 8, and VEGF188
reverse primer is located on the boundary of exon 5 and
exon 6.

The Light Cycler FastStart DNA Master SYBR Green
I (Roche Biochemicals, Stockholm, Sweden) was used for
quantitative analyses of the generated cDNA. The RT-PCR
amplifications were performed in a total volume of 20 μL,
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Table 1: Sequence and hybridization temperature (Tm) of specific primers.

Gene name Forward 5′ to 3′ Reverse 5′ to 3′ Tm Amplicon
size bps

Genbank accession
number

VEGF120 GCCAGCACATAGAGAGAATGAGC GGCTTGTCACATTTTTCTGG 63◦C 94 NM 001025257

VEGF164 GCCAGCACATAGAGAGAATGAGC CAAGGCTCACAGTGATTTTCTGG 63◦C 97 M95200

VEGF188 GCCAGCACATAGAGAGAATGAGC AACAAGGCTCACAGTGAACGCT 63◦C 171 NM 001025250

VEGFR1 CGAACTCCACCTCCATGTTT TATCTTCATGGAGGCCTTGG 60◦C 116 NM 010228.3

VEGFR2 AGAGTTGGTGGAGCATTTGG TAGGCAGGGAGAGTCCAGAA 60◦C 125 NM 010612.2

Epo AATGGAGGTGGAAGAACAGG ACCCGAAGCAGTGAAGTGA 60◦C 155 NM 007942

EpoR GCTCCGGGATGGACTTCA GAGCCTGGTGCAGGCTACAT 60◦C 86 NM 010149

β-actin AGAGGGAAATCGTGCGTGAC CAATAGTGATGACCTGGCCGT 62◦C 138 NM 007393

containing 5 μL cDNA sample, 4 μL LightCycler-FastStart
DNA Master SYBR Green I, 0.5 μL of each primer, and
2.5 mM MgCl2. For each reaction, the polymerase was
activated by a preincubation at 95◦C for 10 minutes.
Amplification was then performed for 45 cycles of switching
between 95◦C for 10 s, gene dependant Tm for 5 to 8 s,
and 72◦C for 8 to 15 s depending on the length of the
amplicon and followed by a melting point analysis from
65 to 95◦C. The results were represented as threshold cycle
numbers (Ct values). Control cDNA of normoxic mouse
lung was diluted and amplified to create standard curves by
plotting Ct values versus cDNA templates. Relative amounts
of mRNA, normalised by β-actin were calculated from Ct

values according to the manufacturer’s description.

2.6.1. Calculation of Relative Quantification Values. The
relative quantification values were calculated according to the
manufacturer’s protocol (Roche Biochemicals, Stockholm,
Sweden). The Cp represents the PCR cycle at which an
increase in fluorescence above a baseline signal can be
detected. Cp value was used to calculate the amount of RT-
PCR product compared with the internal control, β-actin.
The Cp value of β-actin was subtracted from the gene Cp

value to evaluate the mean change in Cp in each experimental
group.

2.7. Analysis of VEGFA Protein Concentration by ELISA.
Gastrocnemius muscles from different groups (Nx, AHx and
CHx from WT and Epo-TAgh mice; n = 4 in each group)
were weighted and homogenized in 5-fold volume in ice cold
buffer (10 mM tris, pH 8). The suspension was centrifuged
at 13,000 g at 4◦C for 15 minutes. The protein content of
the supernatant was determined by the Bradford assay using
bovine serum albumin (BSA) as standard. The quantity of
total VEGFA in the gastrocnemius muscles from WT and
Epo-TAgh mice in normoxia and following acute and chronic
hypoxic exposure was determined by a commercial high-
sensitivity ELISA kit (DuoSet Kit) according to the manufac-
turer’s instructions (R&D Systems Europe, Abingdon, UK).
Measurements were done in duplicate.

2.8. Immunohistochemistry

2.8.1. Section Preparation. For visualization of vascular
endothelial cells we used the monoclonal antibody CD31
which recognizes platelet endothelial cell adhesion molecule
(PECAM-1), a glycoprotein strongly expressed in all
endothelial cells. To that end, serial 10 μm transverse sections
from the midbelly region of frozen gastrocnemius muscles
samples from Nx WT, Nx Epo-TAgh, CHx WT and CHx
Epo-TAgh (n = 5 in each group) were cut in a cryostat
(Leica, France) at −20◦C and mounted in microscope
slides (Superfrost Plus, Fisher Scientific, France). The slides
were fixed in cold acetone and incubated in 3% hydrogen
peroxidase (H2O2) to inhibit any endogenous peroxidase.
Then, they were blocked with 3% BSA before incubating
with rat antimouse CD31/PECAM-1 monoclonal antibody
(BD Biosciences Pharmingen, France) diluted 1 : 100 in the
protein blocking solution. Tissue sections were incubated
with a biotynilated antirat secondary antibody (Dako,
France) diluted 1 : 200 in blocking solution. Staining was
carried out using streptavidin-HRP (Dako, France) and
revelation was done by incubating slides in the dark in
a 3, 3′-diaminobenzidine (DAB) solution (Sigma, France).
Negative controls were obtained by omitting the primary
or secondary antibody. The sections were counterstained
with haematoxylin (Sigma, France) and mounted in aqueous
mounting agent (Aquatex, Darmstadt, Germany).

Because the capillary tortuosity in muscles is a function
of sarcomere length, the longitudinal 10 μm cryo-sections
were stained by using haematoxylin (Sigma, France) and
eosin (Sigma, France) to make sure it was constant between
the different conditions. The length occupied by 10 consec-
utive sarcomeres was measured per longitudinal section in 2
samples of Nx and CHx with the software described below.

This technique of immunostaining does not allow to
identify the various types of blood vessels (arterioles, cap-
illaries or venules) nor the diameter of them. Consequently
we used “microvessel network” as a generic term.

2.8.2. Morphometry and Assessment of Microvessel Network.
Stained sections were studied under a light microscope
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Table 2: Body weight, hematocrit and haemoglobin concentration in wild-type (WT) and Epo-Tagh mice in normoxia (Nx), acute hypoxia
for 24 hours (AHx) and chronic hypoxia for 14 days (CHx) (n = 14 in each group).

WT Epo-TAgh

Nx AHx CHx Nx AHx CHx

Body weight (g) 24.2 ± 1.3 23.1 ± 1.1 23.5 ± 0.9 23.0 ± 1.1 23.6 ± 1.3 23.1 ± 1.9

Muscle weight (g) 0.15 ± 0.03 0.12 ± 0.01 0.15 ± 0.03 0.15 ± 0.02 0.12 ± 0.02 0.13 ± 0.01

Hematocrit (%) 45.3 ± 1.6 51.7 ± 1.3∗ 60.3 ±1.6∗# 19.3 ± 1.1$ 21.6 ± 1.5∗$ 27 ±1.9∗$

[Haemoglobin] g/dL 17.3 ± 0.3 16.9 ± 0.4 19.2 ± 0.5∗ 6.7 ± 0.5$ 6.1 ± 0.2$ 7.1 ± 0.5$

Values are means ± SD.
∗Significantly different from corresponding Nx group, P < .05; #, significantly different from corresponding AHx group, P < .01; $, significantly different
from corresponding WT group, P < .05.

connected to a digital camera (Coolpix 990, Nikon). Pho-
tographs were taken at x40 magnification. Image calibration
was done by taking a photo of a micrometric glass coverslip at
X40 magnification. Explora Nova image analysing software
(Explora Nova Morpho, La Rochelle, France) was used to
analyse the images. To determine the microvessel network
we analysed two different sections. On each section, we have
chosen two different areas for the deep region and for the
superficial region. Capillary density (CD) and capillary-to-
fiber ratio (C/F) were quantified for each entire area. All
transversely cut capillaries were counted and if a capillary
was sectioned longitudinally, it was counted as one each time
it crossed a junction between three or more muscle fibers.
The individual fiber parameters were evaluated by counting
an average of 70 fibers by area. For each individual fiber
the following parameters were evaluated: (a) the number
of capillaries around a single fiber (capillary contacts, CC);
(b) the CC relative to the area of the fiber (CCFA); (c) the
length of the contact between the microvessels and the fibers
(LC); (d) the capillary-to-fiber ratio on an individual-fiber
basis (C/Fi); (e) fiber cross-sectional area (FA); and (f) fiber
perimeter (PF). Obliquity in fiber sectioning was assessed
by using the form factor (FF) that represents: (4π x fiber
area)/(fiber perimeter)2 (a perfect circle will have a FF of 1,
whereas a line’s FF will approach zero). The capillary-to-fiber
perimeter exchange (CFPE) index was calculated to obtain
an index of the size of the capillary-to-fiber interface and was
determined from the equation: CFPE index = (C/Fi)/P [25].

The index of capillary tortuosity can be indirectly
determined by LC/PF. This index is expressed as a percentage
of muscle fiber perimeters in contact with the capillary wall.

All quantitative analyses were blinded by the same
observer.

2.9. Statistical Analysis. Two-way analysis of variance
(ANOVA; hypoxia versus Epo deficiency) was carried out
and Newman-Keuls test was used for post hoc test. A
nonparametric Mann-Whitney test was exceptionally used
for plasma Epo measurements since the Nx WT group
was only three mice making impossible to perform a two-
way ANOVA. The statistical analyses were performed using
Stastitica software (StartSoft, Tulsa, OK). All values are
expressed as mean ± SD. Differences were considered to be
significant at P ≤ .05.

3. Results

3.1. Animal Characteristics. Body and muscle weights, hema-
tocrits and haemoglobin concentrations of Nx, AHx and
CHx of WT and Epo-TAgh mice are presented in Table 2.
Body and muscle weights were similar in all groups whether
submitted or not to hypoxia. Hematocrit and haemoglobin
concentrations were significantly 57% and 61% lower in Nx
Epo-TAgh mice than in Nx WT group demonstrating severe
anaemia (global effect, P < .001). Exposure to hypoxia for 14
days induced a polycythemia in WT (P < .05). Epo-TAgh

mice also responded to hypoxia exposure, and hematocrit
values were 40% higher in CHx than in Nx mice (P < .05).
However, haemoglobin concentration in Epo-TAgh mice did
not change when compared to normoxic values.

3.2. Epo Is Not Expressed in Skeletal Muscle in both Normoxia
and Acute Hypoxia. In order to validate our model we first
determined the amount of Epo. We chose to measure the
plasma concentration in Nx and AHx conditions for 24
hours because the hypoxia-induced erythropoiesis activation
occurred during the early phase of exposure (5–9 days) [2]
with a peak of expression of Epo at 24 hours. The plasma
and muscle Epo measurements showed a strong reduction in
Epo-deficient mice (Epo-TAgh mice) (Table 3). In Nx Epo-
TAgh mice, Epo plasma concentration was 56% lower than in
Nx WT group (P < .05). Acute hypoxia exposure increased
Epo plasma concentration in both groups, but remained 3-
fold lower than in AHx WT animals (P < .05). Similar
results were reported for Epo muscle concentration which
was 2-fold lower in Nx Epo-TAgh mice than in Nx WT group
(P < .05). Acute and chronic hypoxia exposure did not
change Epo concentration in the skeletal muscle in neither
WT nor Epo-TAgh mice. Those results raise the question of
the secretion of Epo within the skeletal muscle. Our results
of classical RT-PCR did not demonstrate any expression of
mRNA encoding Epo whatever the experimental condition
(Figure 1(a)). Those results were confirmed by real-time RT-
PCR (data not shown).

3.3. mRNA Encoding EpoR is Not Upregulated in Epo-Deficient
Skeletal Muscles. Using the same transgenic model [13] we
demonstrated an upregulation of mRNA encoding the EpoR
in the brain which suggests an optimization of Epo signalling
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Table 3: Plasma and muscle Epo concentration in wild-type (WT) and Epo-TAgh mice in normoxia (Nx), after acute hypoxia for 24 hours
(AHx) and chronic hypoxia for 14 days (CHx) (n = 4 or 5 in each group).

Plasma [Epo] pg/mL Muscle [Epo] pg/mg of total protein

Nx AHx Nx AHx CHx

WT 122 ± 16 460 ± 39∗ 0.121 ± 0.03 0.097 ± 0.02 0.128 ± 0.06

Epo-TAgh 53 ± 18$ 162 ± 25∗$ 0.060 ± 0.04$ 0.082 ± 0.02 0.101 ± 0.07

Values are means ± SD.
∗significantly different from corresponding Nx group, P < .05; $, significantly different from corresponding WT group, P < .05.

Table 4: Indices of the microvascular supply and morphological data of gastrocnemius muscle fibers in normoxia (Nx), and after exposure
to chronic hypoxia for 14 days (CHx) (n = 5 in each group).

Nx CHx

Superficial region Deep region Superficial region Deep region

WT Epo-TAgh WT Epo-TAgh WT Epo-TAgh WT Epo-TAgh

Global microvessel indices

CD (cap/mm2) 546 ± 174 611 ± 95 1699 ± 350 1587 ± 180 601 ± 105 624 ± 81 1845 ± 393 1701 ± 211

C/F 1.33 ± 0.16 1.70± 0.17∗ 2.23 ± 0.29 2.69 ± 0.29∗ 1.27 ± 0.15 1.65 ± 0.26∗ 2.28 ± 0.20 2.62 ± 0.29∗

Individual fiber microvessels indices

CC 2.89 ± 0.63 3.57 ± 0.56∗ 5.20 ± 0.78 6.27 ± 0.54∗ 2.95 ± 0.16 3.54 ± 0.46∗ 5.22 ± 0.82 6.19 ± 0.41∗

C/Fi 1.05 ± 0.11 1.37 ± 0.21∗ 2.16 ± 0.26 2.46 ± 0.35∗ 1.09 ± 0.13 1.34 ± 0.20∗ 2.15 ± 0.19 2.58 ± 0.21∗

LC/PF (%) 8.96 ± 1.26 11.9 ± 0.93∗ 30.2 ± 7.3 35.4 ± 8.7 10.2 ± 1.84 12.56 ± 0.82∗ 32.5 ± 8.0 37.0 ± 3.90

Morphological data of muscle fibers

FA (μm2) 2521 ± 286 2411 ± 188 1259 ± 158 1494 ± 165 2189 ± 314 2499 ± 204 1232 ± 246 1361 ± 133

PF (μm) 215 ± 17 222 ± 21 160 ± 16 173 ± 14 198 ± 13 220 ± 7 153 ± 18 165 ± 11

Form factor 0.63 ± 0.02 0.63 ± 0.03 0.64 ± 0.06 0.64 ± 0.03 0.62 ± 0.02 0.63 ± 0.02 0.65 ± 0.04 0.65 ± 0.04

Values are means ± SD;
Main effect of Epo deficiency: significantly different from WT group: ∗P < .05.
CD: capillary density; C/F: capillary-to-fiber ratio; CC: number of capillaries around single fibers; C/Fi: individual capillary-to-fiber ratio; LC/PF: length of
the contact between microvessels and the fiber/perimeter of the fibers; FA: fiber area; PF: perimeter.

to Epo deficiency. In the skeletal muscle we did not find any
upregulation of EpoR mRNA (Figure 1(b)). Moreover, it can
be noticed that the amount of EpoR is extremely weak when
compared to β-actin (Figure 1(b)).

3.4. Epo Deficient Gastrocnemius Does Not Exhibit Fiber
Atrophy and it Presents Developed Microvessel Network. We
hypothesised that Epo deficiency could induce changes in the
microvessel network of the skeletal muscle as well as muscle
fiber atrophy. Immunostaining analysis of CD 31/PECAM-
1 was designed to visualise the distribution of vessels in
gastrocnemius muscles (superficial and deep region) of
WT and Epo-TAgh mice after exposure to chronic hypoxia
(Figure 2). The morphometric parameters measured are
reported in Table 4. The two-way ANOVA showed a main
global effect of Epo deficiency in the microvessel network
when expressed in C/F, C/Fi and CC. These three parameters
were higher in Epo-TAgh mice when compared to WT (P <
.05; Table 4) in both superficial and deep regions of the
gastrocnemius muscle (Figure 2).

The LC/PF ratio was higher in Epo-deficient mice
compared with WT mice, but only in the superficial region of

gastrocnemius (+34% and +23% in Nx Epo-TAgh and CHx
Epo-TAgh groups, resp.; main global effect of Epo deficiency,
P < .05). No statistical difference was shown in the deep
regions, but the values of Epo-TAgh mice tended to be
higher than WT mice in normoxia and after chronic hypoxia
(Table 4). The absence of any change in FF showed that
the cross-sectional morphology of muscle fibers remained
unchanged (Table 4). Taken together, the results of FF and
LC/PF suggest a change in microvessel tortuosity in the
superficial region of the gastrocnemius muscle in Epo-TAgh

mice.

The CD, FA and PF were not significantly altered in
any examined groups and experimental conditions (Table 4).
Equality, the CC expressed in relation to fiber area (CCFA)
and the C/Fi ratio expressed in relation to fiber perimeter
(CFPE) were similar in all groups, whether submitted to
hypoxia or not (data not shown).

3.4.1. Sarcomere Length. The sarcomere length of the gas-
trocnemius was homogeneous among myofibrils of each
group (data not shown).
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Figure 1: Expression of Epo and EpoR mRNA in gastrocnemius muscle of wild-type (WT) and Epo-TAgh mice in normoxia (Nx) and
following acute hypoxia for 24 hours (AHx) and chronic hypoxia for 14 days (CHx). (a) Semi-quantitative RT-PCR of Epo mRNA compare
to β-actin. (b) Quantitative determination of EpoR mRNA in all experimental conditions. Values are means ± SD.

3.5. Local Hypoxia Is Not Observed in Adult Epo-Deficient
Gastrocnemius. Because Epo is required for oxygen delivery
we suggested that Epo deficiency could induce local hypoxia.
Then the amount of HIF-1α was evaluated in normoxia
as well as in hypoxia. The amount of active HIF-1α was
not changed between WT and Epo-TAgh mice in both
normoxia and hypoxia (Figure 3(a)). mRNA encoding HIF-
1α is unchanged in Nx Epo-TAgh mice compared to Nx
WT one (Figure 3(b)). When exposed to acute hypoxia both
groups exhibit an upregulation of HIF-1α mRNA (P < .001;
Figure 3(b)) while no difference was observed in the CHx
groups.

3.6. VEGF Protein Is Not Over-Expressed in Epo-Deficient
Gastrocnemius Muscle. We analysed the amount of VEGF
protein in gastrocnemius muscle of WT and Epo-TAgh

mice both in normoxia and submitted to acute and chronic
hypoxia by ELISA. The VEGF protein concentrations are
presented in Figure 3(c).

No significant difference was observed in VEGF protein
level between WT and Epo-TAgh normoxic groups. In WT
mice, the level of VEGF protein increased by 29% (P < .01)

after acute exposure to hypoxia. In contrast, VEGF protein
content was reduced by 21% after CHx, in comparison with
normoxic values (P < .05). The VEGF protein content in
Epo-TAgh mice failed to change with hypoxia exposure.

In comparison with AHx WT, the amount of VEGF
protein was 30% lower in AHx Epo-TAgh (P < .01) whereas
it was 28% higher in CHx Epo-TAgh than in CHx WT
(P < .01).

3.7. Differential Regulation of mRNA VEGF120, 164 and
188 Isoforms and VEGFR1 and 2 mRNA. Using real-time
RT-PCR, we quantified the expression of mRNA spliced
variant isoforms VEGF120, VEGF164 and VEGF188 as well
as VEGFR1 and VEGFR2 of WT and Epo-Tagh in the
gastrocnemius muscle of Nx, AHx and CHx mice groups
in order to examine the responses of VEGF isoforms to
Epo deficiency and decreased oxygen transfer. Our results
showed that the expression of VEGF120 and VEGFR2 were
modulated in hypoxia and/or Epo deficiency only (Figures
4(a) and 4(e)). VEGF 120 mRNA was up regulated (P <
.001) in acute hypoxia in WT mice compared to Nx groups.
For Epo-deficient mice, significant upregulation of VEGF120
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Figure 2: Muscle cross-section of the superficial ((a) to (d)) and deep region ((e) to (h)) of the gastrocnemius muscle of wild-type (WT)
and Epo-TAgh mice stained by using the monoclonal antibody antiCD31 for the detection of the microvesssel network in normoxia (Nx)
and following chronic hypoxia for 14 days (CHx). Epo deficiency develops the microvessel network in mice. Bars = 50 μm.

mRNA was observed in CHx only (P < .001). VEGFR2
mRNA was upregulated in Nx Epo-TAgh group compared
to Nx WT (P < .001). In chronic hypoxia, VEGFR2 mRNA
were upregulated in both Epo and WT groups compared to
corresponding normoxic ones (Figure 4(e)).

The rate of expression of VEGF164 and VEGF188 mRNA
remained unaffected by either hypoxia exposure or Epo
deficiency (Figures 4(b) and 4(c)). VEGFR1 mRNA was
upregulated by acute hypoxia in Epo-Tagh mice compared
to Nx Epo-TAgh and AHx WT (P < .01; Figure 4(d)).
No difference was observed in chronic hypoxia and/or in
normoxic Epo-deficient mice compared to WT ones.

4. Discussion

In this work, we aimed to determine whether Epo deficiency
could be involved in the skeletal muscle fibers atrophy and
the alteration of microvessel network. In fact, it has been
suggested that Epo could be an important growth factor
for skeletal muscle development and repair. Our principal
findings are: (1) Epo-deficient anemic muscles do not exhibit
atrophy in both normoxia and hypoxia; (2) microvessel
network of Epo-deficient mice is improved compared to WT
mice; (3) when exposed to hypoxia Epo is not accumulated
in hindlimb muscles and both mice linages exhibit an
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Figure 3: Quantitative determination of (a) activated HIF-α protein and (b) HIF-α mRNA and (c) VEGF protein in the gastrocnemius
muscle of wild-type (WT) and Epo-TAgh mice in normoxia (Nx) and following acute hypoxia for 24 hours (AHx) and chronic hypoxia
for 14 days (CHx). Values are means ± SD. ∗, significantly different from corresponding Nx group, P < .01. #, significantly different from
corresponding WT group, P < .05. &, significantly different from corresponding AHx group. #, P < .05.

upregulation of VEGF120 and VEGFR2 in gastrocnemius
muscle; (4) EpoR expression is not upregulated by either
hypoxia or Epo deficiency.

Our transgenic model (Epo-TAgh) is able to survive to 14
days in severe hypoxia (4500 m) despite the weak expression
of Epo. In fact, in these mice, the expression of Epo gene
is reduced, but the production of Epo still exists [23]. The
amount of Epo is dramatically reduced in plasma resulting
in a severe anaemia in these mice while a slight reduction
is observed in hindlimb muscles. However, although Epo
availability was lower in Epo-TAgh than in WT mice after
acute exposure to hypoxia (24 hours), the Epo protein
expression remained responsive to the hypoxic stimulus as
previously described [23]. Actually, in mice submitted to
acute hypoxia, plasma Epo is increased in both WT and
Epo-TAgh compared to normoxic mice even if the Epo level
is considerably lower in Epo-TAgh than in WT mice. In
hindlimb muscles, we did not find any difference between
Epo levels in normoxic and acute hypoxic mice. In rodent, it
has been demonstrated an upregulation of mRNA encoding
Epo in kidney as early as the first hour of exposure to hypoxia

leading to a peak of plasma Epo between the 12th and the
24th h of exposure [26]. Similar results were obtained in
the brain [13]. Since we did not detect the presence of RNA
encoding Epo at any experimental point, the weak amount of
Epo protein we measured in muscle probably corresponded
to the Epo present in capillaries or in the interstitial
environment of myofibers. Those results do not support
the idea that Epo is secreted by the skeletal muscle when
exposed to both normoxia or hypoxia at rest as it has been
shown in rats submitted to exercise [27]. Furthermore, the
low amount of EpoR encoding mRNA as well as the absence
of regulation of its expression in Epo-deficient or hypoxic
gastrocnemius consolidates the hypothesis by which Epo is
not an important growth factor in the skeletal muscle in our
experimental conditions. In order to explain the presence
of mRNA encoding EpoR in the gastrocnemius muscle we
suggest that few nonmuscle cells could express EpoR. Lately,
LeBaron et al. [28] demonstrated that cells dispersed in
the fascia of rat quadriceps were able to respond to Epo
injections by STAT5 phosporylation. Taken together these
results suggest that circulating nonresident cells originating
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Figure 4: Quantitative determination of VEGF and VEGFR isoforms mRNA in the gastrocnemius muscle of wild-type (WT) and Epo-TAgh

mice in normoxia (Nx) and following acute hypoxia for 24 hours (AHx) and chronic hypoxia for 14 days (CHx). (a) VEGF120 mRNA.
(b) VEGF164 mRNA. (c) VEGF188 mRNA. (d) VEGFR1 mRNA. (e) VEGFR2 mRNA. Values are means ± SD. ∗, significantly different
from corresponding Nx group, P < .01. #, significantly different from corresponding WT group, P < .01. &, significantly different from
corresponding CHx group, P < .05.

from bone marrow could explain the expression of EpoR.
Moreover, the injection of rHuEpo in musculocutaneous
tissues induces the upregulation of endothelial nitric oxide
synthase (eNOS) and prevents musculocutaneous tissues
from ischemic damage [29]. These results suggest that Epo
could have some undirect effects on the skeletal muscle such
as increasing the perfusion of arteriolar or the mobilisation
of nonresident stem cells in traumatizing conditions. In our
work, we did not test these hypotheses.

In the present study, Epo deficiency does not induce
skeletal muscle atrophy even when mice are exposed to
hypoxia, but we observe the improvement of microvessel
network when determined through parameters evaluating
angiogenesis such as C/F, C/Fi, CC and LC/PF. The capillary
number per area of muscle (CD) is an unreliable index of
angiogenesis if the muscle fibers enlarge or atrophy [30,
31]. Indeed, some studies showed that body and muscle
mass is reduced after exposure to hypoxia. These changes
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induce a decrease in muscle fiber size and an increase in
CD not necessarily by the formation of new capillaries
[32]. In our work, we did not find a loss of body mass
or muscle and the FA was not decreased in Epo-deficient
mice. The great variations of surface area measures can
explain the nonsignificant change in CD despite the increase
of C/F. Therefore, we may conclude that the improvement
of microvessel network can be attributed to angiogenesis
in both studied regions. The improvement of both C/F
and tortuosity (LC/PF) in the superficial region is probably
due to the fact that glycolytic fibers, which are predom-
inant in this region, are more sensitive to local hypoxia
[33].

Epo and VEGF are important growth factors involved
in angiogenesis [10]. Indeed, in vitro, these factors were
shown to stimulate endothelial cell migration and pro-
liferation, which are key steps in the formation of new
vessels [10, 34]. Our data are consistent with conclusions
of Suzuki et al. [12] suggesting that the lack of Epo
induces a default of oxygen supply to tissues which in turn
activates a locally HIF-VEGF dependent angiogenic pathway.
Although we did not demonstrate any accumulation of
either active HIF-1α or VEGF protein, we suggest that the
improvement of capillary network occurred during muscle
development. These results show that Epo is dispensable first
for microvessel formation and maintenance in the skeletal
muscle.

In chronic altitude hypoxia, several biological responses
occur to compensate for the negative effects of reduced
oxygen availability [35]. Nevertheless, there has been a
number of discrepancies in the literature about physiological
adaptations to altitude and angiogenesis in the skeletal
muscle (for review, see [36, 37]). Hansen-Smith et al. [38]
found an increased capillary density in the white part of
the gastrocnemius muscle but no change in the number of
capillaries around a single fiber in the red and white parts
of gastrocnemius of mice submitted to 7 and 21 days of
hypoxia (∼7200 m). Smith and Marshall [39] showed that
an arteriolar remodelling within the skeletal muscle in rats
during acclimatisation to chronic hypoxia occurs between
the 7th and the 18th day of exposure to hypoxia (4500 m).
Conversely, Snyder et al. [40] and Olfert et al. [41] did not
find any hypoxia-induced angiogenesis in murin models.
Deveci et al. [42] suggested that the angiogenic response
might be divergent between oxidative and glycolytic rat
muscles. For that reason we chose a regionalised muscle
for our experiments: the gastrocnemius. The deep region
of this muscle is characterized as predominantly fast-twitch
red fibers and the superficial region as predominantly fast-
twitch white fibers [43]. Our results confirm the idea that
chronic hypoxia does not provide a sufficient stimulus to
induce capillary growth in mice skeletal muscles at least
in the early phase of acclimatisation of hypoxia. Actually,
it has been described by some authors as a late accli-
matisation (up to 5 weeks) to hypoxia which consists in
skeletal muscle atrophy [44] inducing in some cases the
increase of capillary density (for review [32]). The real
cause of this atrophy is not yet well known and factors
such as intestinal malabsorption or inactivity have been

suggested to be involved in this late acclimatisation to
hypoxia. In this work we focused on the role of Epo on
the Epo-dependent early phase of acclimatisation, so we
may conclude that the lack of change in muscle capillary
bed and the absence of skeletal muscle fiber atrophy in
response to ambient hypoxia is not affected by Epo defi-
ciency.

All studies dealing with hypoxia, VEGF and skeletal
muscles have addressed the VEGF164, which is the major
isoform of VEGF in the skeletal muscle [41]. We did not
find any changes in VEGF164 and VEGF188 expression
in both Epo-deficient or hypoxic gastrocnemius muscles.
Interestingly, both Epo-deficient and WT mice exhibit a
VEGF120 response to hypoxia. This response is combined
with the upregulation of VEGFR2 in WT mice. Among
all VEGF isoforms, VEGF120 has been shown to have the
weakest angiogenic effect. VEGF120/120 mutants exhibit
severe defects in vessel network [16, 45]. Moreover, it has
been demonstrated that VEGF120 does not induce either
the activation or the accumulation of endothelial cells
in culture. Lately, it has been proposed that VEGF120,
when binding to VEGFR2 receptor, may be involved in
the control of dilatation and permeability of vessels [46]
especially on endothelial cells of the human umbilical cord.
Moreover, it has been demonstrated that VEGF120 in brain
melanoma was able to diffuse away from the tumour
in order to recruit vasculature from surrounding tissues
[47]. Taken together, these results may suggest that acute
hypoxia induces the upregulation of VEGF120 which acts
through VEGFR2 signalling and improves the recruitment
of existing capillaries in order to ameliorate oxygen supply
to the muscle. Surprisingly, the upregulation of VEGF120 in
Epo-deficient gastrocnemius is delayed when compared to
WT. This phenomenon needs further investigation in order
to understand if this delay is due to (1) Epo deficiency;
(2) upregulation of VEGFR1, which is known to regulate
the action of VEGFR2, or (3) the fact that VEGFR2
is already over-expressed in Epo-deficient mice. Further-
more, these results suggest a nonangiogenic adaptation of
microvessels when both groups of mice were exposed to
hypoxia but this hypothesis needs to be verified through
further investigation, using new imaging techniques, for
instance.

To conclude, this report showed that the gastrocnemius
muscle possesses the remarkable feat to compensate Epo
deficiency-induced anaemia by developing its microvessel
network. Therefore Epo deficiency alone is not a sufficient
factor to explain muscle deconditioning in patients suffering
from severe renal failure. Moreover, we showed that the
skeletal muscle exhibits an upregulation of VEGF120 and
VEGFR2 when submitted to hypoxia, which suggests an
improvement in the dilatation of pre-existing microvessel
network in order to ameliorate oxygen supply.
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The cell specific detection of enzyme activation in response to the physiological contractile load within muscle-tendon-bone unit
is essential for understanding of the mechanical forces transmission from muscle cells via tendon to the bone. The hypothesis that
the physiological mechanical loading regulates activation of Akt1/PKBα at Thr308 and at Ser473 in muscle fibers within muscle-
tendon-bone unit was tested using quantitative immunohistochemistry, confocal double fluorescence analysis, and immunoblot
analysis. In comparison to the staining intensities in peripheral regions of the muscle fibers, Akt1/PKBα was detected with a higher
staining intensity in muscle fibers at the myotendinous junction (MTJ) areas. In muscle fibers at the MTJ areas, Akt1/PKBα is
dually phosphorylated at Thr308 and Ser473. The immunohistochemical results were confirmed by immunoblot analysis. We
conclude that contractile load generated by masticatory muscles induces local domain-dependent expression of Akt1/PKBα as well
as activation by dually phosphorylation at Thr308 and Ser473 in muscle fibers at the MTJ areas within muscle-tendon-bone unit.

1. Introduction

The muscle-tendon-bone unit contains myocytes, fibrob-
lasts, nerve fibers, blood vessels, osteoblasts, osteoclasts,
osteocytes, and extracellular matrix. The integrity of the
muscle-tendon-bone unit is maintained through cell-cell
and cell-extracellular matrix interactions. Tendons transmit
forces generated from muscle cells at the muscle-tendon-
junction (MTJ) to bone cells. During a signal transmission
in cells of the muscle-tendon-bone unit, extracellular matrix,
cell membrane, cytoskeleton, nuclear protein matrix, and
gene expression are altered by mechanical loading in muscle
cells and transmitted further to cells of the tendon-bone unit
in autocrine as well as paracrine manner [1].

The serine/threonine protein kinase B (Akt/PKB) is
a downstream effector of phosphatidylinositol 3-kinase
(PI3K) and a regulator of a variety of cellular processes,

including transcription, survival, proliferation, growth, and
metabolism [2, 3]. In mammals, Akt/PKB is expressed ubiq-
uitously with three isoforms: Akt1/PKBα, Akt2/PKBβ, and
Akt3/PKBγ [4]. The activation of PI3K through binding of a
growth factor to a receptor tyrosine kinase [5, 6] converts the
membrane-bound plasma membrane lipid phosphatidyli-
nositol 4,5-bisphosphate (PI(4,5)P2) to phosphatidylinositol
3,4,5-trisphosphate (PI(3,4,5)P3) [6, 7]. PI(3,4,5)P3 anchors
Akt/PKB to the plasma membrane and induces a confor-
mational change, which results in the phosphorylation of
Akt/PKB. Phosphorylated amino acid residues include the
threonine residue Thr308 in the kinase catalytic domain
and the serine residue Ser473 in the hydrophobic motif
of Akt1/PKBα [3]. Full activation of Akt1/PKBα requires
phosphorylation of the enzyme at Thr308 and at Ser473
[8]. It is well established that Thr308 is phosphorylated
by 3-phosphoinositide-dependent kinase-1 (PDK1) [9]. The
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phosphorylation of Akt1/PKBα at Ser473 is mediated by both
mammalian target of rapamycin-rictor complex (mTORC2)
[10] and DNA-dependent protein kinase (DNA-PK) [11]
depending on type of stimulus.

The knowledge about bone remodelling by mechanical
load generated from muscle cells to the bone cells requires
understanding of the complete signal transmission between
cells of the muscle-tendon-bone unit. However, in contrast
to separate studies performed on muscle, tendon, or bone
cells, there are no in vivo or in vitro studies about effects
of the physiological forces generated by muscle cells and
transmitted via tendon to the bone cells in model systems
that contain muscle-tendon-bone unit cells.

The activation of Akt1/PKBα is involved in differ-
ent functions of the muscle, tendon, and bone cells.
Akt1/PKBα promotes muscle cell differentiation [12, 13] and
induces muscle hypertrophy [14–16]. In tendon cells, IGF-I-
dependent activation of Akt1/PKBα prevents apoptosis [17].
The cellular mechanism of the physiological mechanotrans-
duction transmission that regulates Akt1/PKBα in different
cell types of the muscle-tendon-bone unit is unknown.
Therefore, the physiological stimuli including mastication
contractile-dependent regulation of Akt1/PKBα in different
types of cells within muscle-tendon-bone unit remain to be
established. In sections of maxilla that contain cells of the
muscle-tendon-bone unit, the expression, localization, and
phosphorylation of Akt1/PKBα were investigated by quan-
titative immunohistochemistry using total and phospho-
specific Akt1/PKBα Thr308 and Ser473 antibodies. To test
the expression of Akt1/PKBα and p-Akt1/PKBα Ser473 in
muscle cells at the periphery and at the myotendinous junc-
tion (MTJ) areas, immunoblot experiments were performed.

2. Materials and Methods

2.1. Reagents and Antibodies. Bovine serum albumin (BSA)
was purchased from Sigma (Sigma, St. Louis, MO).
Biotinylated goat antirabbit IgG, biotinylated antimouse
IgG, normal goat serum (NGS), and Vectastain-ABC Kit
were obtained from Vector Laboratories (Burlingame, CA,
USA). Rabbit anti-Akt1/PKBα and rabbit antiphospho-
Akt1/PKBα (Thr308) polyclonal antibodies were purchased
from Upstate Biotechnology (Lake Placid, NY, USA). Mouse
antiphospho-Akt1/PKBα (Ser473) monoclonal antibody was
obtained from Cell Signaling Technology (Beverly, MA,
USA). Cy3-conjugated goat antirabbit IgG was from Jackson
ImmunoResearch Labs. (West Grove, PA). DyLight 488-
conjugated NeutrAvidin (Pierce Biotechnology, Rockford,
IL) was ligand for biotinylated antimouse IgG. DRAQ5
(Axorra, San Diego, CA) was used as a fluorescent DNA stain.

It is known that the antibody specificity is best deter-
mined by immunoblot techniques [18]. The specificities of
Akt1/PKBα, p-Akt1/PKBα at Thr308 and at Ser473 were
determined by immunoblot analysis [19].

2.2. Tissue Preparation. Male Wistar rats (n = 12; 3 months
old, weighing 280–300 g) were fixed by transcardiac perfu-
sion with 4% paraformaldehyde and 0.2% picric acid pH

7.4, under deep anesthesia with a mixture of Ketamine
(100 mg/kg) and Xylazine (5 mg/kg). The jaws were dissected
with masticatory muscle using forceps and the samples
demineralized in 4 N formic acid at 4◦C for 14 days.

For immunoblot experiments, after sacrifice of animals
(n = 3) by exposure to a rising concentration of CO2

inhalation, the masticatory muscle tissues were immediately
cut into two areas as peripheral area and muscle near at the
MTJ area by aid of an operating microscope.

Animal handling procedures were carried out in compli-
ance with guidelines of the local animal ethics committee.

2.3. Immunohistochemistry. In the free floating sections,
endogenous peroxidases were inhibited with 0.3% H2O2. To
block nonspecific bindings, sections were treated with 1%
BSA + 10% NGS. Thereafter, sections were incubated for
48 hours at 4◦C with anti-Akt1/PKBα, anti-p-Akt1/PKBα
Thr308, and anti-p-Akt1/PKBα Ser473 at 1 : 800 for each
antibody. Then the sections were incubated with biotin-
conjugated goat antirabbit IgG (1 : 500) and biotinylated
antimouse IgG (1 : 500). The sections were incubated with
avidin-biotin-peroxidase complex (1 : 100) for 1 hour and
the immunohistochemical reaction was visualized with
0.05% 3,3′-diaminobenzidine tetrahydrochloride (Sigma, St.
Louis, MO, USA) in 0.05 M Tris-HCl buffer, pH 7.6 con-
taining 0.01% H2O2 and 0.01% nickel ammonium sulphate.
Control experiments were performed by omission of the
primary or secondary antibodies from incubations as well as
by immunoblot analysis.

2.4. Double-Immunofluorescence Labelling and Confocal
Microscopy. The free floating sections were incubated with
mouse anti-p-Akt1/PKBα Ser473 (1 : 800) for 24 hours at
4◦C. The sections were incubated with biotinylated goat anti-
mouse IgG (1 : 1000) and with the DyLight 488-conjugated
NeutrAvidin (1 : 200) for 1 hour at RT, respectively. Then,
the sections were incubated with p-Akt/PKB Thr308 for
24 hours at 4◦C. The sections were incubated with Cy3-
conjugated goat antirabbit IgG (1 : 1000) for 1 hour at RT
in the dark. Staining of nuclear DNA staining was done
using DRAQ5 (1 : 2000) as described earlier [20]. Control
experiments were performed in separate incubations by
omission of the primary or secondary antibodies. Images
of double immunofluorescence experiments were acquired
on an LSM510 confocal microscope (Zeiss, Oberkochem,
Germany).

2.5. Immunoblot. The tissues were homogenized in a buffer
containing proteinase and phosphatase inhibitors. Protein
concentrations were determined by the method of Bradford.
Protein samples were separated on an SDS-PAGE gradient
gel and transferred to PVDF filters. The blots were blocked
with 5% dry milk for 1 hour and incubated with Akt1/PKBα
(1 : 1000) and with p-Akt1/PKBα Ser473 (1 : 1000) anti-
bodies overnight at 4◦C. The blots were incubated with HRP-
conjugated secondary antibody (1 : 5000) for 1 hour at RT
and subsequently developed with enhanced chemilumines-
cence assay for 1 minute.
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2.6. Densitometry of the Immunohistochemical and Immun-
oblot Results. The immunostained sections were captured
with a CCD camera and the staining intensities of the
antibodies in muscle cells were measured in a blinded
fashion. In immunoblot, the films were scanned, and the
density of the specific immunoreactive bands was measured
and normalized with an internal loading β-actin control.

2.7. Statistical Analysis. Data are represented as mean ± SD.
Differences between groups were compared using Student’s
t-test or one-way ANOVA with Bonferroni post-hoc test
used to compare multiple means. The criterion for statistical
significance was considered at a P value < .05.

3. Results

3.1. Localization of Akt1/PKBα in Cells of the Muscle-Tendon-
Bone Unit. Total (t) Akt1/PKBα (nonphosphorylated and
phosphorylated) was detected in a moderate staining in the
peripheral part of muscle fibers (Figures 1(a) and 1(b)). In
comparison to the staining intensities in peripheral areas
(Figures 1(a) and 1(g)), there was an increase in total
Akt1/PKBα staining at the area near to the myotendinous
junction (MTJ) in the muscle fibers (Figures 1(a), 1(b), and
1(g)). Immunohistochemical control incubations without
primary or secondary antibodies resulted in the disappear-
ance of the specific reaction product (data not shown).

3.2. Localization of p-Akt1/PKBα Thr308 and Ser473 in Muscle
Fibers Near the Muscle-Tendon-Bone Unit. In comparison to
the very weak staining intensities of p-Akt1/PKBα Thr308
in the periphery of muscle fibers (Figures 1(c), 1(d), and
1(g)) within muscle-tendon-bone unit, phosphorylation at
Thr308 was detected with a higher staining intensity in
muscle fibers near to the MTJ areas (Figures 1(c), 1(d),
and 1(g)). In the periphery of muscle fibers, the staining
intensity of the p-Akt1/PKBα Ser473 residue was very weakly
(Figures 1(e), 1(f), and 1(g)). Phosphorylation at Ser473
was detected with a higher staining intensity nearby the
MTJ (Figures 1(e), 1(f), and 1(g)). In all instances, the
peripheral parts of the muscle fibers were very weakly
positive or almost negative for p-Akt1/PKBα Thr308 (Figures
1(c) and 1(d)) as well Ser473 (Figures 1(e) and 1(f)). The
immunohistochemical controls resulted in the disappearance
of the signal product (data not shown). The specificity of
antibodies against Akt1/PKBα, Akt1/PKBα phosphorylated
at Thr308 and Ser473 was confirmed by immunoblot analysis
[19].

3.3. Immunohistochemical Colocalization of p-Akt1/PKBα
Thr308 and Ser473 in Muscle Cells Nearby the MTJ. To deter-
mine whether mastication forces could stimulate full activa-
tion of Akt1/PKBα in muscle fibers, double immunofluores-
cence analyses of Akt1/PKBα phosphorylated at Ser473 and
at Thr308 were performed.

The nuclei in cells of the muscle and tendon were
visualized by staining of DNA with DRAQ5 (blue color;
Figure 2(a)). Immunohistochemical localization of green

reaction product for Akt phosphorylated at Ser473 was
detected only in cross sectioned muscle cells at MTJ
(Figure 2(b)). The cross sectioned muscle fibers revealed
also a strong red staining for Akt1/PKBα phosphorylated at
Thr308 (Figure 2(c)). In muscle fibers at the MTJ areas, the
colocalization of p-Akt1/PKBα phosphorylated at Thr308
and at Ser473 was detected by yellow staining (Figure 2(d)).
The immunohistochemical controls resulted in the disap-
pearance of the specific immunofluorescence signal (data not
shown).

3.4. Immunoblot Analysis. Results demonstrating higher
immunohistochemical staining intensities of t-Akt1/PKBα
(Figures 1(a), 1(b), and 1(g)) and p-Akt1/PKBα Ser473
in muscle fibers nearby the MTJ areas were confirmed by
immunoblot analysis. Immunoblot results for Akt1/PKBα
are presented in Figure 3 and for p-Akt1/PKBα Ser473 in
Figure 4.

In comparison to the staining intensity in periphery
of muscle fibers, t-Akt1/PKBα was detected as a band
of approximately 60 kDa with higher staining intensity in
muscle cells nearby MTJ areas (Figure 3). The staining
intensity of the p-Akt1/PKBα Ser473 residue was very weak
at the peripheral part of muscle, while a characteristic band
of approximately at 60 kDa for p-Akt1/PKBα Ser473 was
detected with a strong staining intensity at the area nearby
MTJ (Figure 4). As a loading control muscle lysates were
analyzed by immunoblot with an antibody against β-actin
(data not shown).

4. Discussion

Under cell culture conditions, the importance of physical
stresses on a variety of cellular activities has been examined
only in a single cell type, including myocytes, fibroblasts,
osteoblasts, and osteoclasts. Similarly, the mechanical loads
on muscle fibers, tendon, and bone cells within the muscle-
tendon unit were separately investigated. In comparison
to studies only in muscle, tendon, or in bone cells, we
performed a quantitative immunohistochemical analysis
in sections, which allows localization of the functional
Akt1/PKBα protein in all cells within the muscle-tendon-
bone unit. In this model, muscle contractile activity should
be generated by physiological mastication. Compared to
the periphery of the muscle fibers within muscle-tendon-
bone unit, the protein level of the Akt1/PKBα and the
phosphorylation of Akt1/PKBα at Thr308 and Ser473 were
significantly higher at the MTJ area.

Tendon cells connect muscle fibers to bones and transmit
forces developed by muscle fibers to the bone cells. Thus,
muscle fibers apply forces to the bone cells via tendon cells,
which arise from a specialized region called the MTJ. In
the MTJ, myofibrils and collagen fibers overlap, forming
longitudinal infoldings [21, 22]. In comparison to end-to-
end contact, these overlapping contacts between muscle cells
and collagen fibers increase the strength of the junction
because cell membranes support shear loads better than the
tensile loads [21, 22]. In muscle fiber region nearby MTJ,
the physiological mastication stimuli may induce expression
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Figure 1: The constitutive localization of the t-Akt1/PKBα, phosphorylation of t-Akt1/PKBα at Thr308 and at Ser473 in muscle fibers
within muscle-tendon-bone unit. In comparison to the staining of t-Akt1/PKBα (a, b), p-Akt1/PKBα Thr308 (c, d) and Ser473 (e, f) in the
peripheral muscle fibers, t-Akt1/PKBα (b, MTJ), phosphorylation of Akt1/PKBα at Thr308 (d, MTJ) and at Ser473 (f, MTJ) were detected
with higher staining intensities in muscle fibers at the myotendinous junction (MTJ) area. The staining intensity of Akt1/PKBα in peripheral
muscle fibers (b, 602.70 ± 117.05) was weakly compared to those in the area near to the MTJ (b, 1050.63 ± 91.68). In comparison to the
staining intensity of the p-Akt1/PKBα Thr308 in peripheral muscle fibers (d, 319.76 ± 74.57), the staining intensity of p-Akt1/PKBα Thr308
was higher in muscle fibers near to the MTJ areas (d, 1138.85 ± 98.99). The staining intensity of p-Akt1/PKBα Ser473 in muscle fibers at the
MTJ areas (f, 351.65 ± 104.63) was greater than staining intensity of Ser473 in peripheral muscle areas (f, 1099.70 ± 135.93). Data are mean
± SD; n = 6; significant differences were considered at a P value < .05. MTJ = myotendinous junction, pM = peripheral muscle fibers, ab =
alveolar bone, pdl = periodontal ligament, p = pulpa, d = dentin. Bars: 640 μm for (a), (c), (e), 80 μm for (b), (d), and (f).

of Akt1/PKBα by nuclear domain regulation as well as by
phosphorylation of the enzyme at Thr308 and at Ser473.

In response to physiological masticatory mechanical
loading, Akt1/PKBα was detected in higher protein levels
in muscle fibers nearby MTJ areas. The higher staining
intensity of the t-Akt1/PKBα at MTJ may be explained by
local regulation of Akt1/PKBα in different nuclear domains
during transmission of forces generated by physiological
mastication stimuli in muscle cells. In multinucleated muscle

fibres, it was reported that each nucleus is able to regulate
protein biosynthesis in a local domain-dependent manner
[23, 24]. It can be speculated that the higher number
of nuclear domains present in muscle fibers nearby MTJ
[25] responds to mechanical stimulation of mastication by
higher production of Akt1/PKBα than nuclear domains in
peripheral muscle areas.

In the consecutive muscle-tendon-bone unit sections,
Thr308 and Ser473 phosphorylation sites of Akt1/PKBα were
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Figure 2: Immunofluorescence colocalization of Akt1/PKBα phosphorylated at Ser473 and at Thr308 in muscle fibers at the myotendinous
areas. The nuclei in muscle fibers and tendocyte were visualized by staining of DNA with DRAQ5 (a, blue). The p-Akt1/PKBα Ser473 (b,
green) was localized in across sectioned muscle fibers at the MTJ. In muscle fibers at the MTJ, p-Akt1/PKBα Thr308 (c, red) was identified.
In same muscle fibers, p-Akt1/PKBα Ser473 and Thr308 were colocalized (d, yellow). The tendon cells were negative for localizations of
Ser473 as well as of Thr308. MTJ = myotendinous junction, t = tendon. Bar: (a)–(d) = 20 μm.

detected with a higher staining intensity in muscle fibers
at MTJ area compared to the peripheral muscle fiber areas.
Therefore, we have presumed that Akt1/PKBα may be dually
phosphorylated in muscle fibers at MTJ areas. Full activation
of Akt1/PKBα requires dually phosphorylation of the enzyme
at Thr308 and at Ser473 [26, 27]. More recently, knockout
experiments in murine embryonic fibroblast came to the
conclusion that Akt/PKB monophosphorylated at Thr308
was able to activate several downstream targets [8]. In muscle
cells at the MTJ areas, we have detected a colocalization of
Thr308 and at Ser473. Our data indicate that full activation
of Akt1/PKBα by phosphorylation at Thr308 and Ser473 is
necessary for downstream signal transduction in muscle cells
at the MTJ areas.

For skeletal muscle cells, it was shown by in vitro
[28] and in vivo experiments [16, 29, 30] that constitutive
activation of Akt1/PKBα induces hypertrophy. This effect
of Akt1/PKBα in skeletal muscle is also supported by the
finding that Akt1/PKBα inhibits atrophy in vitro as well as
in vivo [31, 32]. In addition, mice lacking Akt1/PKBα show a
decrease in muscle size compared with wild-type [15, 33].
Under consideration of these data, it is apparently that
physiological constitutive phosphorylation of Akt1/PKBα in
skeletal masticatory muscle cells at the MTJ areas may be
involved in the muscle cell hypertrophy and muscle cell
survival.

The skeletal muscle fibers are classified in type I (slow-
twitch oxidative) and in type II (fast-twitch glycolytic) fibers
[33]. Fast-twitch fibers are further subdivided into two
general groups, the fast-twitch oxidative type IIA and fast-
twitch glycolytic type IIB fibers [33]. Masticatory muscles are
composed of a heterogeneous population of fiber types that
vary according to their contractile properties [34, 35]. In the
masseter, it was described that the type I fibers were absent
[36]. The IIA and IIB fibers were distributed differently
between the superior and inferior regions of the masseter
[34–36]. In the deep masseter, the highest proportion of
type IIB fibers is distributed [36]. The cross-sectional areas
of type IIB fibers were the largest, followed by the type IIX
and IIA fibers [36]. From our results, it may be suggested
that physiological exercise represents a mechanism by which
mastication in vivo induces simultaneous phosphorylation
of Akt1/PKB at Ser473 and Thr308 in both fast-twitch muscle
fiber types at the MTJ.

It was described that the muscle fiber type is regulated
by calcineurin and the Ras-MAPK signaling, while fiber
size is regulated by the PI3K-Akt/PKB-mTOR signaling
[30, 37, 38]. The mTOR has been implicated in skeletal
muscle hypertrophy during overload, and pharmacological
inhibition of mTOR prevents overload-induced hypertrophy
in both type I and type II of muscle fibers [29]. These
results indicate that the hypertrophic effect on muscle
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Figure 3: Immunoblot analysis of Akt/PKB in peripheral muscle
fibers and in muscle cells near to the myotendinous areas. In
peripheral masticatory muscle fibers and masticatory muscle fibers
at MTJ, protein extracts were analyzed by immunoblot analysis
using an antibody against Akt1/PKBα. The specific immunoblot
bands of approximately 60 kDa identify Akt1/PKBα in peripheral
muscle fibers and in muscle fibers near to the MTJ. The level of
Akt1/PKBα in muscle fibers near to the MTJ was higher than that in
peripheral muscle fibers.

fibers by Akt1/PKBα predominantly occurs through mTOR
signaling [30]. Phosphorylation of Akt1/PKBα at Ser473 is
mediated by mTORC2 [10]. Therefore, phosphorylation of
Akt1/PKBα at Ser473 in muscle fibers at MTJ may be an
important part of the mechanism by which contraction can
activate Akt1/PKBα at Ser473 in fast-twitch muscles inducing
masticatory muscle hypertrophy at the MTJ areas. However,
it must be investigated in further studies if there is a different
hypertrophy response in a single muscle fibers in masticatory
muscle.

The present finding expands the current knowledge
about load dependent muscle response. Beside the fact
that contraction may regulate Akt1/PKBα in an intensity-
, time-, and fiber type-specific manner [39, 40], it can
be suggested that the response to a mechanical stimuli is
inhomogeneous along a single muscle fiber at the activation
and expression level. It is known that the loss of teeth and
absent physiological masticatory contractile activities lead
to a dramatic decrease in muscle cell masses and results
especially in a strong atrophy of the alveolar bone [41].
Furthermore, it leads to an alteration of force transmission
in the masticatory process [41]. Under consideration that
mastication forces and mechanical loading of muscle cells
are required for tissue integrity and extracellular matrix
metabolism inducing phosphorylation of Akt1/PKBα in
muscle cells located near to the MTJ within muscle-tendon-
bone unit, it must be considered that the response is possibly
not uniform along the fibres.
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Figure 4: Immunoblot analysis of p-Akt1/PKBα Ser473 in periph-
eral muscle fibers and in muscle fibers near to the myotendinous
areas. Protein extracts prepared from peripheral masticatory muscle
fibers and masticatory muscle fibers at MTJ were analyzed by
immunoblotting using an antibody against Akt1/PKBα phospho-
rylated at Ser473. The weakly phosphorylation of Akt1/PKBα at
Ser473 in peripheral muscle fibers is significantly increased in
muscle fibers near to the MTJ. A characteristic band almost at
60 kDa for p-Akt1/PKBα Ser473 was detectable with a higher
staining intensity in muscle fibers near to the MTJ.

5. Conclusion

In the muscle-tendon-bone unit, tendons connect mas-
ticatory muscle cells to the alveolar bone and transmit
masticatory forces generated by muscle cells to the alveolar
bone cells. The transmission of this mechanical signal
induces a full activation of Akt1/PKBα by simultaneous
phosphorylation of the enzyme at Ser473 and at Thr308
in muscle fibers located near to the MTJ but not at
the periphery of the muscle fibers. Therefore, we pos-
tulate that inhomogeneous physiological contractile load-
dependent activation of the Akt1/PKBα phosphorylation at
Thr308 and at Ser473 in masticatory muscle cells along
the muscle fibers could play a role for the biological
response, which can influence the development of muscle
dystrophy.
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Musculoskeletal system is a complex assembly of tissues which acts as scaffold for the body and enables locomotion. It is often
overlooked that different components of this system may biomechanically interact and affect each other. Skeletal dysplasias are
diseases predominantly affecting the development of the osseous skeleton. However, in some cases skeletal dysplasia patients are
referred to neuromuscular clinics prior to the correct skeletal diagnosis. The muscular complications seen in these cases are usually
mild and may stem directly from the muscle defect and/or from the altered interactions between the individual components
of the musculoskeletal system. A correct early diagnosis may enable better management of the patients and a better quality of
life. This paper attempts to summarise the different components of the musculoskeletal system which are affected in skeletal
dysplasias and lists several interesting examples of such diseases in order to enable better understanding of the complexity of
human musculoskeletal system.

1. Introduction

Skeletal dysplasias are a diverse group of diseases primarily
affecting the development of the osseous skeleton. They
manifest with disproportionate short stature, malforma-
tions, and/or deformations and range from relatively mild
to severe and lethal conditions. To date there are over
250 unique and well-characterised skeletal dysplasias, many
of which can be grouped into different diagnostic groups
and/or bone dysplasia families based on clinical similarities
[1]. It is important to note that skeletal dysplasia mutations
may also influence other nonskeletal organs, often mechan-
ically by tightening the tracts in the body due to skeletal
defects. For example, children with skeletal dysplasias often
have respiratory problems and mental problems sometimes
occur due to craniofacial defects [2]. Early diagnosis of skele-
tal dysplasias is therefore crucial for patient management and
may enable relatively normal growing up and life span.

Skeletal dysplasias may sometimes be associated with
muscular disorders. Skeletal muscle, tendon and ligament,
and the bones themselves form a complicated biomechanical

system of levers and forces; therefore, abnormalities in one
tissue may potentially affect the others. It is known that bones
react and remodel according to the forces exerted by muscles.
Tendons and ligaments also repair and remodel according to
the biomechanical forces exerted upon them. Therefore, for
the wellbeing of the patient, it is important to recognise all
the tissues that the disease may be affecting. In this paper
we summarise the relationships between different tissues
in the musculoskeletal system and discuss several skeletal
dysplasias in which muscle and/or tendon weakness has been
recognised and described. This detailed paper will provide
better understanding of the musculoskeletal biology and may
enable better diagnosis and management of the patients in
future.

2. Biomechanics of the Musculoskeletal System

2.1. Bones and Growth Plate Cartilage. Bone is a hard
connective tissue consisting of osteocytes embedded in an
abundant extracellular matrix (ECM). Bones act as a scaffold,
attachment points, leverage, and protection for soft tissues.
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Figure 1: (a) A schematic representation of processes that may
influence bone formation and resorption [3]. (b) A graph illustrat-
ing the Hueter-Volkman law [4].

During life, and to enable growth, repair and mineralisation,
the bone is constantly being remodelled by osteoblasts and
osteoclasts [5]. Furthermore, bone is a dynamic tissue which
is able to remodel in response to the mechanical load. For
example, an increase in loading bone formation increases
and resorption decreases whilst unloading of the bone has
an opposite effect (Figure 1(a)) [3].

The human skeleton consists of 206 bones of differing
shapes and functions and distributed throughout the entire
body [6]. Surprisingly, however, this complicated scaffolding
is formed by only two distinct and very conserved processes
[7]. Both processes begin with mesenchymal condensation.
Bones of the craniofacial skeleton evolve from migrating
neural crest cells in a process called intramembranous ossi-
fication. The rest of the skeleton is formed by mesenchymal
cells forming a cartilage anlagen, which is later replaced by

Resting zone

Proliferating zone

Prehypertrophic zone

Hypertrophic zone

Trabecular bone

Figure 2: A histological H&E (haematoxylin and eosin) stained
image of an adult mouse growth plate and a schematic representa-
tion of differentiation zones in the tissue. In the growth plate several
distinct structural zones can be identified, reflecting the gradual
transition of cells through different stages of differentiation [13].
Resting zone acts as a reserve of precursor cells for the proliferating
chondrocytes in the columns [10]. Proliferating zone is where the
cells flatten and divide, laying down a cartilage extracellular matrix
that will later serve as a scaffold for bone formation [14]. In the
prehypertrophic zone, the cells enter the maturation zone and begin
to enlarge. In the hypertrophic zone, the chondrocytes and their
lacunae become 5–12 times bigger [14]. These cells eventually die,
triggering vascularisation and bone formation.

bone in endochondral (i.e., “in cartilage”) ossification [8].
Both ossification pathways are also implicated in bone repair
at later stages of life, with intramembranous ossification
being the method of repair for stabilised fractures, whilst
unstable fractures heal via endochondral ossification [9].
These separate pathways share many common regulatory
genes and proteins, local paracrine regulators, blood stream
hormones, and transcription factors [10]. Mechanical forces
are also extremely important for proper development of the
skeleton, influencing the shape of the bones, their repair
processes, and signalling pathways [11, 12].

Limb development begins with the condensation of
mesenchyme after which the cells differentiate into chon-
drocytes, which form the cartilaginous template [7]. As the
cartilage grows, the cells are forced apart by the extracellular
matrix and become encapsulated in the thickening matrix.
Meanwhile, within the cartilage anlagen, the encapsulated
cells die due to their intensive growth and calcium salt
deposition, and the ECM eventually erodes [15]. The blood
vessels invade the cartilage, bringing bone-forming cells,
which differentiate into osteoblasts and secrete additional
extracellular matrix. This matrix is subsequently calcified
forming trabeculae, some of which are later reabsorbed by
the osteoclasts thus forming a bone marrow cavity [16]. As
the bones continue to grow, a secondary ossification centre
is established in the epiphyses [10] and between the shaft
of the bone and the epiphysis a cartilage growth plate is
formed (Figure 2), allowing longitudinal bone growth. The
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thickening of bone is achieved by depositing further layers
on the periosteum side by osteoblasts, and widening of the
bone marrow cavity by osteoclasts. Eventually, the epiphysis
and metaphysis in the bone fuse, usually around puberty,
forming a diaphyseal mature bone [11].

Growth plate cartilage extracellular matrix is composed
of type II collagen fibers and is abundant in proteoglycans,
specifically aggrecan. This makes it a relatively compliant
tissue and so it is able to respond to mechanical and
gravity forces. To a certain extent, growing bones are able
to align themselves according to the gravity forces exerted
upon them, as can be seen in the correction of a mild
genu varum in toddlers [17]. However, strong compression
inhibits bone growth and tension has an opposite effect by
increasing growth in bone length [4, 18]. This is known as
the Hueter-Volkman law (Figure 1(b)), which was further
defined by Frost in the twentieth century and is often used by
clinicians in surgical correction of certain limb deformities
[4, 17]. Lack of mechanical loading also results in decreased
bone formation, as shown by weightlessness and suspension
experiments (Figure 1(a)) [19–21].

Gravity induced mechanosensing in the growth plate
cartilage is achieved by a microtubule-based organelle called
the primary cilium [22–24]. Primary cilia are cytoplas-
matic protrusions that are associated with many proteins
implicated in signal transduction, specifically integrins and
extracellular matrix receptors, and enable the cells to respond
to mechanical stimuli [22]. They exist on almost every cell in
the human body and are very important for mechanosensing
and biomechanics of many different tissues.

2.2. Articular Cartilage. Cartilage is a highly specialised con-
nective tissue. Its mechanical properties allow it to withstand
compressive forces and also to a smaller extent resist shearing
and torsional forces [5]. Cartilage consists mostly of an
extracellular matrix and its structure varies according to
species, location, and age of the tissue [5]. Hyaline cartilage
is the most abundant type of cartilage. It is a precursor
to the growth plate (physis), and it is also found at the
articular surface of bones, where it acts as a shock absorber
and protection for the underlying subchondral bone [25].
Chondrocytes in the hyaline cartilage are ovoid, ranging in
shape from round to flat [5]. Each chondrocyte occupies a
space (lat. lacuna) encapsulated by the extracellular matrix,
which is important for cartilage biomechanical properties.
Chondrocyte together with its pericellular matrix is often
termed “chondron” [26]. It has been shown that pericellular
matrix of articular cartilage has a precise macromolecular
architecture, with a high content of proteoglycans, such as
aggrecan, embedded in the collagen matrix [27]. Aggrecan
retains water, thus contributing to the cartilage tissue elastic-
ity [28]. The shape of individual chondrons is also important
and they respond to the gravitational forces by producing a
compact matrix “cap” pointing towards the surface of the
tissue and a looser “tail” extending into the ECM below
[27]. Chondrons have often been referred to as fluid bladders
and indeed they seem to function in a similar manner [29].
When cartilage is subjected to compression, the liquid is
pushed out of the proteoglycan complex and the collagen

rich matrix deforms, thus increasing the pressure within the
chondron. This change in osmotic pressure due to escaping
water protects the chondrocyte and enables its full recovery
at unloading [29]. Chondrocytes also have a primary cilium
which helps them sense these changes in forces [22, 23, 26].
This seems to be especially important in the aetiology and
management of osteoarthritis where even a ligamentous
instability or a weakness of periarticular muscles, and
therefore an abnormal biomechanical environment, may
result in joint degeneration [30, 31].

2.3. Entheses (at the Bone to Tendon Junction). Fibrocartilage
is an intermediate tissue between the hyaline cartilage and
dense fibrous tissues [5, 32]. It only has a few chondrocytes
in the lacunae, and its matrix contains many thick collagen
fibres arranged in an ordered fashion. It can be found in
invertebral discs, symphysis pubis, articular disc of the stern-
oclavicular and temperomandibular joints, the menisci of the
knee joints, and places where ligaments or tendons attach to
bones and is formed as tendon’s reaction to compressive load
[33]. Fibrocartilage is associated with epiphyseal tendons
and ligaments and is important in force transduction as
it dissipates the stress on the tendon fibers near the bone
[32, 34, 35]. Its molecular composition is similar to that of
tendon, but several cartilage specific molecules, such as type
II and type IX collagen and aggrecan, are also present in the
matrix [33].

2.4. Tendon and Ligament. Tendon (Figures 3(a) and 3(b) )
and ligament are soft collagenous tissues, linking muscle to
bone and bone to bone, respectively. They consists of densely
packed bundles of fibrous collagen and are characterised
by high tensile strength and elasticity [5]. Tendon and
ligament both have similar hierarchical structure, consisting
of fascicles, which are built of smaller basic fibrils and
fibroblasts [36]. The main component of the basic fibril is
type I collagen. Both ligaments and tendons are surrounded
by a sheath of transparent material called the synovial mem-
brane, a delicate connective tissue layer secreting synovium,
a viscous lubricating fluid [5].

Tendons act as buffers and storage of elastic kinetic
energy during walking [37]. They can remodel according to
the forces exerted upon them [34, 38]. It has been shown
that the immobilisation of limbs leads to a decrease in
collagen turnover in the tendon and a decrease in tendon
diameters [39], and conversely, exercise leads to an increase
in tendon diameter and collagen turnover [40]. Increase
in tendon diameters correlates with an increase in the
stiffness of the tissue [38], which means thicker tendons
can withstand higher tensile forces exerted upon them by
stronger muscles. Tendons also become thicker and less
compliant with age [37], which together with age-associated
muscle wasting helps explain the weakness and difficulties in
walking experienced by the elderly [41].

2.5. Myotendinous Junction and Perimysium. Another struc-
ture that is biomechanically important for conveying forces
from muscle to tendon is the myotendinous junction (MTJ;
Figure 4). This is the site where tendon meets, and merges,
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Figure 3: (a) A schematic representation of tendon hierarchical structure and a transmission electron microscopy image of a tenocyte
embedded in the collagen matrix. (b) A histological (Gomori trichrome, staining collagenous tissues blue) image of a longitudinal section
of patellar tendon showing parallel running collagen bundles in the tissue.
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Figure 4: Schematic representation of the skeletal muscle structure and histological images of a longitudinal section of murine skeletal
muscle and of murine Achilles tendon myotendinous junction (MTJ) stained with a trichrome Gomori stain to visualise collagenous tissues
(staining muscle red, collagenous tissues blue, and nuclei black).
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with the skeletal muscle and the point where muscle
contractile forces are transmitted to the tendon [42]. The
myotendinous junction membrane is extensively folded. This
means that the tensile stress exerted by the contracting
muscle fibers becomes shear stress instead, thus increasing
the strength of the junction and protecting the tissues from
injury [42]. The myotendinous junction is also connected to
the collagenous perimysium surrounding the skeletal muscle
fascicles [43]. The perimysium forms a lattice structure
within the skeletal muscle and is involved in transmission
of lateral forces in the muscle. MTJ and perimysium are
together responsible for conveying the forces from muscle to
tendon [43, 44].

2.6. Skeletal Muscle. Skeletal muscle acts as the motor of the
body and is essential for locomotion. As such it has a very
complex hierarchical structure (Figure 4). Each myofiber is a
one multinuclear cell (with nuclei located to the periphery)
that often spans the length of the entire muscle. Most of
the myofiber is filled with contractile myofibrils consisting
of actin and myosin and responsible for muscle contraction.
The discovery of costameres by Pardo et al. in 1983 showed
the first direct link between the surrounding extracellular
matrix and the myofibers [45]. Costameres are regularly
spaced around the Z-lines of the skeletal muscle and play
a role in lateral force transmission, as shown by single
myofiber studies performed by Street et al. [44, 46]. Every
myofiber is covered by a connective tissue sheath called
the endomysium [47]. Groups of muscle fibers are covered
by another connective tissue sheath called the perimysium,
which transmits the lateral forces between the muscle
bundles [48]. Not every myofiber spans the entire muscle
length and connects to the myotendinous junction; however,
all the fibrous extracellular matrices are interconnected and
eventually lead to the myotendinous junction and to the
tendon itself [44]. Muscle can also remodel and adapt to the
mechanical load [49], and muscle hypertrophy is often seen
as a result of exercise [50].

3. Skeletal Dysplasias: Genetics Disorders
Affecting the Osseous Skeleton

Skeletal dysplasias are a group of skeletal and musculoskeletal
diseases that affect the development of the osseous skeleton.
There are over 250 well-characterised phenotypes known to
date, which affect the development of both flat and long
bones [51]. The many different genes that are mutated in
skeletal dysplasias span a wide range of cellular and metabolic
processes and include those involved in the extracellular
matrix, metabolic pathways, folding and degradation of
macromolecules, hormones and signal transduction mecha-
nisms, nuclear proteins and transcription factors, oncogenes
and tumour suppressor genes and RNA, and DNA processing
and metabolism [52].

Many skeletal dysplasia phenotypes are characterised
by severe deformations and/or malformations of numerous
skeletal elements and with such conditions it is sometimes
easy to overlook other clinical aspects, such as the effect these

skeletal abnormalities may have on the soft tissues of the
body [2]. Skeletal dysplasias may result in tightening of the
tracts in the body thus affecting breathing and patient’s well-
being. Shorter limbs may result in a different distribution of
biomechanical forces exerted by the muscles and thus may
contribute to difficulties in walking. Furthermore, many of
the extracellular matrix genes expressed in bone and cartilage
and involved in skeletal dysplasias are also present in other
musculoskeletal tissues, such as muscle and tendon, and may
affect patients’ well-being and quality of life.

4. Skeletal Dysplasias That Are
Associated with Myopathies

There are several skeletal dysplasia phenotypes in which
myopathy is a recognised neuromuscular complication of the
disease. In some of the cases, the muscle pathology stems
directly from the fact that the mutant protein is expressed in
the muscle as well as in cartilage and bone, but in others the
effect appears to be more indirect. A detailed analysis of the
muscular symptoms in these phenotypes is very important
since the neuromuscular complications often manifest prior
to the skeletal deformations, which may arise during pre-
pubertal growth, and therefore might allow quicker diag-
nosis and better management of the patient. We present
a short summary of these conditions below and also in
Table 1.

4.1. Multiple Epiphyseal Dysplasia: An Indirect ECM Defect?
Multiple epiphyseal dysplasia (MED) is a skeletal dysplasia
in which an associated myopathy has only recently been
recognised and reported in patients [53–55]. MED belongs
to a “bone dysplasia family” that also includes the related
and more severe disease known as pseudoachondroplasia
(PSACH) [51, 56]. Together these phenotypes form a
distinct spectrum of disease severity ranging from a mild
MED through to severe PSACH at the other end of the
spectrum. The PSACH-MED phenotype is characterised
by disproportionate short stature, lower limb deformations
(genu varum and genu valgum), joint laxity, and early onset
degenerative joint disease [57]. Radiographic features of
PSACH manifest in the epiphyses and the metaphyses of
the long bones and in MED are restricted to the epiphyses
[58]. PSACH and the more severe forms of MED result from
mutations in the gene encoding cartilage oligomeric matrix
protein (COMP), a pentameric ECM bridging molecule
found in cartilage, tendon, ligament, and skeletal muscle
[59]. PSACH-MED mutations in COMP cluster in the
exons encoding the calcium-binding thrombospondin type
3 repeats (T3) and the C-terminal domain (CTD) of COMP.
In chondrocytes the expression of these mutations results in
various levels of endoplasmic reticulum (ER) stress and cell
death [59, 60]. A role for COMP in collagen fibrillogenesis
has been proposed and it is thought to be one of the
catalysts of this process [61]. Furthermore, in the cartilage
extracellular matrix COMP plays a bridging role and is able
to interact with other ECM molecules such as matrilin-3,
type IX collagen, aggrecan, fibronectin, and integrins [62–
65]. It is therefore not surprising that other MED-causing
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Table 1: Summary of the published skeletal dysplasias associated with a mild myopathy phenotype.

Disease name
Multiple epiphyseal
dysplasia (MED)

Multiple epiphyseal
dysplasia (MED)

Camurati-Englemann
disease (CED)

Marfan syndrome
(MFS1)

Schwartz-Jampel
syndrome (SJS1)

Alternative
name

EDM3 EDM1
Progressive diaphyseal
dysplasia

Chondrodystrophic
myotonia

Mode of
inheritance

Autosomal dominant Autosomal dominant Autosomal dominant Autosomal dominant Autosomal recessive

Gene COL9A3 COMP TGF-β1 Fibrilin-1 Perlecan

Skeletal
symptoms

Epiphyseal dysplasia,
early onset degenerative
joint disease (knees),
mild or no short limbed
dwarfism

Epiphyseal dysplasia,
early onset
degenerative joint
disease, mild short
limbed dwarfism

Thicker bone
diaphyses, thicker
bones of the skull,
tighter bone canals,
bone pain,
hyperlordosis,
scoliosis

Increased height,
scoliosis, thoracic
lordosis, highly
arched palate with
tooth crowding

Short femurs, short
stature, micrognathia,
kyphoscoliosis, joint
deformities, coxa
valga, irregular capital
femoral epiphyses

Skeletal onset Childhood ∼3 years ∼3 years Childhood
<3 years, muscle
stiffness after birth

Muscular
symptoms

Mild muscle weakness,
difficulty rising form the
floor

Muscle weakness, easy
fatigue, difficulty
rising form the floor

Easy fatigue, proximal
muscle weakness and
atrophy, waddling gait

Mild to moderate
joint laxity, muscle
weakness, muscle
atrophy, hypoplasia,
cannot increase
muscle mass in
response to exercise

Mild largely
non-progressive
muscle weakness,
stiffness, myotonic
myopathy, waddling
gait, crouched stance,
hypertrophy, reduced
tendon reflexes, joint
contractures

CK levels Mildly elevated
Normal or mildly
elevated

Elevated up to 40%
Normal or mildly
elevated

Normal or mildly
elevated

Muscle
biopsy

Mild myopathy, a slight
variability in fiber size

No variability in fiber
size, scattered
basophilic fibers
and/or small atrophic
fibers

Often normal,
occasional variability
in fiber size

Sometimes myopathic
changes seen,
abnormalities in
fibrilin-1
immunoreactivity

Central nuclei, varied
fiber size, changes of
fiber type

Muscle
electron
microscopy

— —

Thicker basement
membrane around
the blood vessels, few
fibers with
accumulated
mitochondria

— —

EMG — —
Short small action
potentials in some
muscles, myopathic

Myopathic and
neurogenic

Myotonic
abnormalities

Other
affected
tissues

— —
Liver, spleen, gonads
(hepatosplenomegaly
and hypogonadism)

Eyes: myopia, ectopia
lensis, corneal flatness

Eyes: myopia,
blepharophimosis

Possible
therapy

Not available Not available Corticosteroids
Lasartan (aortic
aneurism, and muscle
involvement)

Reducing muscle
stiffness,
anticonvulsants and
antiarrhythemics

mutations were found in genes encoding proteins known to
interact with COMP such as matrilin-3 and type IX collagen,
although the precise rationale for this genetic heterogeneity
of MED has yet to be determined.

Until recently, PSACH-MED has primarily been
described as a disease affecting bone growth, joint stability,
and ligamentous laxity. In 2000 however, a form of
MED resulting from a mutation in one of the type IX

collagen genes (COL9A3) was as associated with a mild
myopathy [54]. This initial observation was followed by
the recognition that some forms of PSACH-MED resulting
from CTD-COMP mutations may also present with mild
myopathy [53, 55] (Tables 1 and 2).

4.1.1. MED Resulting from Mutations in COL9A3 (EDM3).
In an MED family with a COL9A3 mutation patients
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presented with proximal muscle weakness (despite predom-
inantly distal skeletal changes) and mildly elevated levels of
creatine kinase (CK; an indicator of muscle degeneration
and myopathy). These individuals tired easily and a muscle
biopsy from one affected family member showed mild
myopathic changes characterised by a mild variability in fiber
size [54]. Interestingly, there is no evidence that type IX
collagen is expressed in skeletal muscle as a fully functioning
trimer [66, 67]. Therefore, it is tempting to speculate that
the pathology in this case arises from an abnormal enthesis
(the tendon to bone attachment site where type IX collagen
is expressed). This may also explain why no gross myopathic
changes were seen in the muscle biopsy from the patient,
which would be the case if a muscle specific structural
protein was mutated. Our recent analysis of a CTD-COMP
mutant mouse model provided evidence in support of this
hypothesis.

4.1.2. PSACH-MED Resulting from Mutations in COMP
(EDM1). MED-COMP patients with a CTD-COMP muta-
tion and an associated myopathy were described in 2003
by Jakkula et al. [53]. They suffered from muscle weakness
from 3 years of age and had mildly elevated CK levels;
however a muscle biopsy was not performed at the time. In
2005, a further two CTD-COMP mutations were reported
by Kennedy et al. [55] (Table 2). The onset of the disease was
early and included muscle weakness, fatigue, and difficulty
rising from the floor, in comparison to the patient reported
by Jakkula; the CK levels were also with normal limits. A
biopsy of the patients’ muscle showed no variability in fiber
size, however, scattered basophilic and small atrophic fibers
were noted, indicating a mild myopathy [55]. Inconclusive
data exists with respect to the expression of COMP in skeletal
muscle and tendon [69, 70]; therefore we analysed a knock-in
mouse model carrying a CTD-COMP mutation to determine
the pathomolecular mechanisms of PSACH-MED related
myopathy.

4.1.3. Myopathy in Knock-In Transgenic Mouse Model of
PSACH/MED. We have recently reported the clinical phe-
notype and investigated the pathology of PSACH-MED
associated myopathy using a transgenic mouse model with
a T585M COMP mutation in the C-terminal domain
of COMP [71]. We detected COMP protein in skeletal
muscle and in the tendons and ligaments of wild type
and mutant mice, confirming that it is expressed in all
of these tissues. Mice carrying the T585M CTD-COMP
mutation experienced a progressive muscle weakness even
though histological evidence of myopathy was found only
at the myotendinous and perimysial junctions. The collagen
fibril organisation was abnormal in mutant tendons and
characterised by an overall increase in fiber diameter with
a corresponding increase in the number of branching or
bifurcating fibrils. These changes had the effect of producing
thinner and more lax tendons.

COMP was expressed throughout skeletal muscle and
tendon, yet the mutation resulted in a localised myopathy
and a generalised tendinopathy. Therefore, we concluded

Force on release
at 3 weeks

Force on release
at 9 weeks

Max force achieved
at 3 weeks

Max force achieved
at 9 weeks

wt
mut T585M
mut ΔD469

0

0.2

0.4

0.6

0.8

1

1.2

[N
]

12.6 %∗

20.7 %∗

23.3 %∗∗∗

19.3 %∗∗

26.7 %∗∗∗

Figure 5: Grip strength measurement in COMP-CTD T585M
knock-in mice and COMP-T3 ΔD469 knock-in mice at 3 weeks
of age. COMP-CTD mice were getting tired and let go of the
apparatus easier than their wild type controls, although they were
not generally weaker at 3 weeks of age, as seen by the maximum
strengths registered (n = 15) [71]. COMP �D469 mice were not
getting tired and had the same maximum strength as the wild
type controls at 3 weeks of age; however, by 9 weeks they were
significantly weaker than their wild type littermates and tired easier,
which is indicative of a mild myopathy (n = 5). Key: wt: wild
type, mut: homozygous for the mutation, ∗P < .05, ∗∗P < .01,
∗∗∗P < .001 (independent samples t-test).

that the given myotendinous and perimysial junctions are
responsible for transmitting the forces between the tendon
and muscle fibers; the myopathy was perhaps the result
of an underlying tendon problem. This finding is very
important as it may help explain the myopathy seen in MED
patients with type IX collagen gene mutations, and more
recently, with matrilin-3 mutations (Table 2). Both of these
molecules are not expressed in skeletal muscle; however, they
are present in the fibrocartilage attachment point (enthesis)
between the tendon and bone. A disruption to mechanical
forces transmitted to the muscle and an altered ability
of those tissues to remodel following stress may explain
some of the musculoskeletal complications of the MED
phenotype.

To test the hypothesis that myopathy is specifically
associated with CTD-COMP mutations localised near the
potential collagen and integrin binding sites, we have
investigated a second mouse model, COMP ΔD469 knock-
in mice (T3-COMP mutation), for muscle weakness using
the experimental set-up as previously described in [71]. At
3 weeks of age we found no evidence of muscle weakness in
ΔD469 mutant mice (Figure 5); however, by 9 weeks of age
the mutant mice were weaker than their wild type littermates
and tired easier, similar to the COMP-CTD mutant mice.
This indicates that PSACH-MED COMP related myopathy
may be a mutation specific phenomenon and be related
directly to the proximity of the mutation to the potential
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Table 2: Patient and mutation data were obtained from the European Skeletal Dysplasia Network (ESDN reference numbers) or recent
publications, as referenced.

Reference Features Diagnosis Gene Mutation Effect

ESDN 01071
– Fatigue during walking

MED MATN3 D176V Potential misfolding

– Muscle disease suspected by paediatrician

ESDN 01013
– Mild proximal muscle weakness at 7 years

MED COL9A2 c186G > C Exon skipping

– Difficulty rising from squatting position

ESDN 01003 – Mild muscle weakness MED COL9A2 c186 + 4a > c Exon skipping

[68]

– Muscle weakness

MED COL9A2 c186 + 2t > c Exon skipping

– Suspected (unproven) muscular dystrophy

– Problems with standing up from sitting position

– Problems walking on stairs

– Biopsy:

– No morphological or histochemical changes

– No fibers with central nuclei

– Variation in fiber size

– No degradation, regeneration, or necrosis

– ATP + CrP production from pyruvate

decreased

[68]

– Neurological evaluation for abnormal walking

MED COL9A2 c186G > A Exon skipping
pattern at 6 years

– Proximal muscle weakness lower extremities

– Family also affected (father, sister, sister’s

daughter)

[54]

– Proximal muscle weakness (reported to the

MED COL9A3 IVS2-1, G > A Exon skipping

neuromuscular clinic at 10 years)

– Mildly elevated serum creatine kinase (CK)

levels

– Difficulty walking and climbing stairs from 3

years on

– Difficulty rising from the floor

– Some signs of proximal muscle weakness in

family members

– Muscle biopsy: mild variability in fibre size

ESDN 00385

– Some signs of mild myopathy

PSACH COMP D326Y
Potential retention
(T3 domain
mutation)

– Gower’s sign (proximal muscle weakness)

– Waddling gait

– Difficulties climbing stairs

– CPK normal
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Table 2: Continued.

Reference Features Diagnosis Gene Mutation Effect

ESDN 00430

– Reported to neurologist at age 2

MED COMP E457del
Potential retention
(T3 domain
mutation)

– Diminished muscle strength in:

– Hips

– Shoulders

– Quadriceps muscle

– Feet-lifting muscles

– Diagnosed with a myopathy at 5 years

– Biopsy inconclusive

[55]

– Difficulty walking at 2.5 years

MED COMP D605N
Potential misfolding
(CTD mutation)

– Muscle weakness

– Tired easily

– Difficulty getting up from sitting

– CK levels normal

– EMG and nerve conduction velocities normal

– Biopsy:

– Mild myopathy,

– No variability in fibre size

– Scattered basophilic fibers

– Some small atrophic fibers

[53, 55]

– Muscle weakness from 3 years on

MED COMP R718W
Potential misfolding
(CTD mutation)– Referred to neuromuscular clinic at 5 years

– Mildly elevated CK levels

binding sites on COMP rather than the specific domain of
the molecule.

4.1.4. PSACH and MED: New Findings. Recently, several
PSACH and MED patients with COMP, type IX collagen,
and also matrilin-3 mutations have been reported with
muscular complications, and these patients were originally
referred to neuromuscular clinics prior to the diagnosis of
skeletal dysplasia. This seems to support our hypothesis that
mutations in T3 domain of COMP and in other structural
molecules of tendon and cartilaginous enthesis may also
result in a mild myopathy. Blood samples from the patients
showed normal or mildly increased CK levels and their
muscle biopsy showed increased number of basophilic fibers,
fiber necrosis, and/or variability in fiber diameters. We
now present an updated summary of novel PSACH-MED
mutations associated with myopathic changes (Table 2).
Interestingly, some of the newly found COMP mutations
associated with a myopathy cluster in the T3 repeats of

the COMP protein. The T3 and CTD domains of COMP
can form intramolecular interactions as demonstrated by
the recent crystal structure model [72, 73]. Therefore, the
mutations that associate specifically with a myopathy may do
so due to their specific locations, possibly near a potential
collagen or integrin binding sites and/or the intramolecular
binding sites within COMP, and myopathic phenotype
may not segregate directly with the domain, but rather
with a specific location of the mutation. Type IX collagen
and matrilin-3 mutations’ association with a myopathic
phenotype may potentially be explained by the expression
of these molecules in the fibrocartilaginous enthesis [33,
74]; however the pathomolecular mechanism of the muscle
complications in these cases requires further investigation.

4.2. Schwartz-Jampel Syndrome: A Direct ECM Defect. An
autosomal recessive disorder, Schwartz-Jampel syndrome
(SJS1) [75], results form mutations in the extracellular
matrix molecule perlecan [76]. Perlecan is a heparin sulphate
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proteoglycan that is a major component of basement
membranes. It is expressed in cartilage, the endomysium
of skeletal muscle, the nervous system, and in basement
membranes throughout the body. It can interact with both
fibroblast growth factor 2 (FGF2) and transforming growth
factor beta (TGFβ) and is believed to play a role in tissue
growth [77]. Schwartz-Jampel syndrome is characterised
skeletally by short stature, irregular epiphyses, bowed dia-
physes, general joint deformities, and coxa valga. In skeletal
muscle SJS1 manifests with myotonic myopathy and joint
contractures [78]. The onset of the disease is quite early,
from around 3 years of age, and the muscular phenotype
often precedes the skeletal abnormalities. Another affected
tissue is the eye with patients often suffering from myopia
and a dysplasia of the eyelids [75]. Interestingly, the skeletal
symptoms of SJS1 are at least in part due to a defect in
sodium and potassium gradients in the muscle and these
may be pharmacologically corrected [79]. What is extremely
interesting is that perlecan is not a part of a voltage channel
per se, rather it is expressed in the endomysial extracellular
matrix, thus suggesting a link (perhaps mechanical) exists
between voltage channels and signalling and the surrounding
ECM.

4.3. Marfan Syndrome: An Indirect Signalling Defect. Marfan
syndrome is an autosomal dominant musculoskeletal and
ocular syndrome resulting from mutations in the extracel-
lular matrix protein, fibrilin-1. Fibrilin-1 is a component of
extracellular microfibrils that are present in many connective
tissues such as lung, skin, kidney, blood vessels, cartilage,
muscle, cornea, and tendon [80]. Marfan syndrome patients
are characterised by abnormally high stature, scoliosis,
and highly arched palate with a crowding of the teeth
[81]. The muscular component (skeletal muscle) of Marfan
syndrome has been largely ignored until relatively recently
[82]. Muscular abnormalities can include muscle hypoplasia,
hypotonia, and weakness, and some patients also have
problems with increasing the muscle mass upon exercise. The
hypoplasia and hypotonia possibly result from the increased
availability of TGFβ1, which is known to bind to fibrilin
associated latent TGFβ1 binding protein (LTBP). This may in
turn affect the satellite cell differentiation and proliferation
[83]. Furthermore, the patients’ biopsy shows abnormal
distribution of fibrilin-1 in the endomysium [82]. Recently
losartan, an antagonist of TGFβ1, has been shown to alleviate
aortic aneurysm in a mouse model of Marfan syndrome, and
it may also help to reverse the muscular symptoms of Marfan
syndrome [84]. Since the onset of muscular symptoms can
precede the bone pathology and the muscular symptoms
may soon be treatable, an early diagnosis based on muscular
phenomena may lead to better management and better
quality of life for these patients.

4.4. Camurati-Englemann Disease: A Direct Signalling Defect.
Camurati-Engelmann disease (CED), also known as pro-
gressive diaphyseal dysplasia, is an early onset autosomal
dominant skeletal dysplasia resulting in the thickening of
the diaphyseal bones, sclerosis of the skull base, and bone
pain [85]. The first symptoms usually manifest in early

childhood and always before 30 years of age [86]. CED
is caused by mutations in transforming growth factor β1
(TGFβ1), a molecule very important in proliferation and
differentiation of many different cell types, including those of
cartilage and bone [87]. Interestingly, CED patients are often
initially referred to neuromuscular clinics with a suspicion of
muscular dystrophy. They present with an increasing muscle
weakness, easy fatigue, and a characteristic waddling gait
[88]. However, their plasma creatine kinase (CK) level (an
indicator of muscle degeneration) is usually normal or only
mildly elevated [89]. Muscle biopsies are often normal or
show nonspecific changes, with some atrophic fibers (but no
group atrophy) and thickened basement membrane around
the small vessels. Some degree of perimysial fibrosis (but
no endomysial fibrosis) is also observed in a proportion
of patients [89]. Electromyographs (EMG) show small
action potentials indicative of a myopathy in some muscles,
especially around the pelvic girdle whereas other muscles are
normal [89]. These observations are extremely important as
muscular complications often manifest themselves prior to
the severe skeletal symptoms and some of the radiographic
features of CED may be prevented or are treatable with
corticosteroids [90]. Therefore, a muscle biopsy/assessment
at the right site combined with radiological evidence could
potentially enable better and earlier diagnosis and treatment
of these patients.

5. Summary

The mammalian musculoskeletal system is a complex system
of different tissues and biomechanical properties. Together
these tissues enable locomotion, protect soft organs from
damage, and act as a scaffold for our bodies. We sometimes
forget however that all these tissues often develop together,
are in fact interconnected, and can interact with each
other, and that affecting one may have an effect on the
others. Understanding these intertissue relationships may
also dramatically improve the therapies and management of
certain diseases, such as the ones described in this paper.
Early detection of an asymptomatic or a mild myopathy may
lead to an earlier diagnosis of an underlying skeletal dysplasia
[88]. Identification of the tissues affected by the disease, and
a better understanding of the disease aetiology may also lead
to the alleviation of some of the disease symptoms, better
corrective surgery, and better management of the patients.
Understanding the biomechanics of the interconnected mus-
culoskeletal system may lead to better physiotherapies for
osteoarthritis and many other bone/muscle related diseases.
Therefore, a thorough and interdisciplinary investigation of
musculoskeletal diseases and tissues is required to further
our understanding of these systems and to enable better
management and a better quality of life for patients in the
future.
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Ischemia/reperfusion (IR) injury can induce skeletal muscle fibre death and subsequent regeneration. By 14 days, absolute and
specific maximal forces and fatigue resistance in ischemic/reperfused soleus muscles were still reduced (−89%, −81%, and −75%,
resp.) as compared to control muscles (P < .05). The decrease of these parameters in ischemic/reperfused muscle was much
greater than that of myotoxic injured muscles (−12%, −11%, and −19%; P < .05). In addition, at 14 days ischemic/reperfused
muscle structure was still abnormal, showing small muscle fibres expressing neonatal myosin heavy chain and large necrotic muscle
fibres that were not observed in myotoxin treated muscles. By 56 days, in contrast to myotoxin treated muscles, specific maximal
force and muscle weight of the ischemic/reperfused muscles did not fully recover (P < .05). This differential recovery between
ischemic/reperfused and myotoxin treated muscles was not related to the differences in the initial cell death, loss of satellite cells
after injury, expression of growth factors (IGF1, IGF2..), or capillary density in regenerating muscles. In conclusion, our results
demonstrate that IR injury in mice induces long term detrimental effects in skeletal muscles and that the recovery following IR
injury was delayed for yet unknown reasons as compared to myotoxic injury.

1. Introduction

Restoration of blood flow after a period of ischemia causes
ischaemia-reperfusion injury (IR). IR injury is a serious clin-
ical problem that occurs in many diseases (myocardial infarc-
tion, trauma, tourniquet application as well as in certain
neuromuscular diseases). Animal models of IR have been
widely used to study the pathophysiology and consequences
of IR injury, as well as in cellular and gene therapies. IR injury
causes acute vascular leakage, nerve and skeletal muscle
damage with consecutive deficit in neuromuscular function
[1–3]. Mast cells, neutrophils, inflammatory cytokines, nitric
oxide, and reactive oxygen species most likely play a role in
the final damage which is observed in the skeletal muscle
[1, 3, 4].

IR injury lasting for more than 2 hours causes extensive
skeletal muscle fibre death. Since skeletal muscle is capable
of regenerating following injury, subsequent formation of
regenerating muscle fibres will occur in the following days.
However, it was recently reported that at day 14 following
4 hours of IR injury complete recovery of muscle function
had not been achieved [5]. Previous studies have also
demonstrated that full recovery of muscle after myotoxin
injury can take several weeks [6]. Therefore, it is important to
study long-term muscle recovery following IR injury leading
to cell death. A few studies have been carried out on long-
term muscle recovery following IR injury but most probably
they did not induce massive cell death in the models that
were used [7, 8]. In contrast to Carvalho et al. [7], Fish et al.
[8] found that full muscle recovery was not reached 42 days
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after 2 hours of ischemia since maximal force production was
still reduced in ischemic-reperfused muscles as compared to
control muscles in rats.

We report here the results of experiments in mice,
aimed at assessing the long-term outcome of IR injury
in mouse hind limb muscles. We wanted to determine
whether there is a full recovery of muscle function following
an IR injury leading to extensive cell death. In order to
have a better understanding of the potential effects of
IR injury, ischemic/reperfused muscles were compared to
myotoxin-treated muscles. The administration of myotoxic
agents results in extensive muscle fibre necrosis [6, 9, 10],
without disrupting nerve branches and blood vessels that are
elements known to play a major role in muscle repair [11,
12]. Our findings indicate that muscle repair was less efficient
following IR injury as compared to that observed after
myotoxin injury. These results could provide helpful knowl-
edge in relation to both vascular and neuromuscular diseases.

2. Materials and Methods

2.1. Animals. All procedures were performed in accordance
with national and European legislations, using young adult
rodents (3–6 month old). IR or myotoxic injury was
performed on the right legs of male C57BL6 or Myf5-nlacZ
(a gift from F. Relaix, INSERM U787, Paris) mice and the
tibialis anterior muscles were studied. Animals were anaes-
thetised with pentobarbital (60 mg/kg), with supplemental
anesthesia as needed. A few hours after IR and myotoxic
injury, the animals recuperated a normal mobility.

2.2. Ischemia/Reperfusion Injury. In order to generate uni-
lateral hindlimb ischemia the mice were kept on a heating
pad to maintain the body temperature at 37◦C and the right
hindlimbs were made ischemic by placing rubber bands high
on the thigh. After 3 hours of ischaemia, the bands were
removed. Contralateral (left) legs were left intact and were
used as control (nonischemic/reperfused) muscles.

2.3. Myotoxic Injury. Extensive muscle necrosis was created
by injecting cardiotoxin, a myotoxic agent, into the muscles
[6, 9, 10]. Cardiotoxin (C-3987, Sigma-Aldrich, 10 μM) was
injected into right tibialis anterior in 70 μl of normal saline.
A needle connected to a microsyringe was inserted near to
the distal tendon, pushed up to the proximal tendon, and the
cardiotoxin solution was injected into the muscle, the needle
being pulled up in order to deliver the solution all along the
muscle. Contralateral (left) legs were left intact and were used
to provide control (myotoxin untreated) muscles.

2.4. Contractile Measurements. Muscle function was eval-
uated by the measurement of in situ muscle contraction
in response to nerve stimulation, as previously described
[13]. At 14, 28, and 56 days after injury, animals were
anesthetized (pentobarbital 60 mg/kg). During experiments,
supplemental doses were given as required to maintain
deep anesthesia. The knee and foot were fixed with clamps
and pins. The distal tendon of the tibialis anterior (TA)
muscles were attached to an isometric transducer (Harvard

Bioscience) using a silk ligature. All data provided by the
isometric transducer were recorded and analyzed on a micro-
computer, using the PowerLab system (4SP, ADInstruments)
and software (Chart 4, ADInstruments). The sciatic nerves
were proximally crushed and distally stimulated by a bipolar
silver electrode using supramaximal square wave pulses of
0.1 ms duration. All isometric measurements were made at
an initial muscle length of L0 (length at which maximal
tension was obtained during the twitch). Responses to tetanic
stimulation (pulse frequency 50–143 Hz, 500 ms duration)
were successively recorded. At least 1 minute was allowed
between contractions. Absolute maximal tetanic forces (P0)
were determined. Muscle masses (m) were measured to cal-
culate specific tensions (P0/m). Fatigue resistance (FR) was
then determined after a 5 minutes rest period. The muscle
was continuously stimulated at 50 Hz during 2 minutes (sub-
maximal continuous tetanus). The duration corresponding
to a force decreased by 20% was noted FR. Body temperature
was maintained at 37◦C using radiant heat. After contractile
measurements, the animals were killed with an overdose of
pentobarbital. Muscles were then weighed, frozen in liquid
nitrogen, respectively, precooled in isopentane and stored at
−80◦C until histological and other analyses.

2.5. Histology. Transverse serial frozen sections of TA mus-
cles (8 μm) were obtained using a cryostat. Some of the
sections were stained with hematoxylin and eosin solution,
or Sirius red stain and others were used for immunohisto-
chemistry. For immunohistochemistry, frozen sections were
fixed 10 minutes in 2% paraformaldehyde and incubated
overnight in a blocking solution (BSA 1%, sheep serum 1%,
triton X-100 0.3%). Sections were then incubated with either
a mouse antibody directed against neonatal MHC, or a rat
antibody directed against CD31 (Pharmingen, 553370) in
order to measure muscle capillary bed density. The antibody
against neonatal MHC was prepared as previously described
[14]. The neonatal antibody had previously been shown
to react with mouse neonatal heavy chain but not with
mouse adult fast MHC [15]. Sections were then washed
four times in phosphate-buffered saline (PBS) and incubated
with a Cy3 AffiniPure Goat Anti-Rabbit IgG (H+L) (111-
165-144, Jackson ImmunoResearch), or Alexa Fluor 488
goat anti-rat IgG (H+L) (A11006, Invitrogen). After four
washes in PBS slides were mounted in a mounting solution
(mowiol/dabco/hoechst). Images were acquired using a
digital camera mounted on a bright-field or a fluorescence
microscope.

2.6. Satellite Cell Number. The number of satellite cells was
determined using the Myf5-nlacZ heterozygous mice [16],
which have a reporter gene encoding nuclear-localizing b-
galactosidase (nlacZ), targeted to the Myf5 locus. nlacZ
reporter gene-β-Gal activity was detected histochemically as
previously described [17, 18]. The majority of quiescent and
activated satellite cells expressed Myf5 [17, 18].

2.7. Cytokine Antibody Array. RayBio Mouse Cytokine Anti-
body C Series 1000 kit (RayBiotech) was used for estimating
the differential amount of cytokines in pooled protein
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extracts, accordingly to the manufacturer’s instructions.
Only a selection of cytokines is shown, on the basis of
their role in muscle repair. The complete list of cytokines
and their full names are available on the manufacturer’s
web site. Muscle proteins were extracted with Array Lysis
Buffer (kit component) and incubated at final concentration
of 1 μg/μl. Each membrane was blocked and incubated
with protein extracts. Membranes were washed and then
incubated with a biotin-conjugated antibody for 2 hours.
Finally, the membranes were washed, incubated with HRP-
conjugated streptavidin at room temperature for 1 hour and
with detection buffer for 1 minute, and exposed to Fuji
Film LAS-4000. The intensities of signals were quantified
by densitometric analysis with Multi Gauge V 3.0 software
and the positive control (biotin-conjugated IgG) was used to
normalize the results from each membrane. We performed
proteomic analyses using 3 different pooled samples from
4-5 animals/group (ischemic-reperfused muscles, myotoxin-
treated and untreated muscles).

2.8. Statistical Analysis. Data were analysed using Statistica
5.5 software (StatSoft, Paris, France). Ischemic/reperfused
muscles or myotoxin-treated muscles were statistically com-
pared to control muscles using variance analysis. If necessary,
subsequent contrast analysis was also performed. Values
of IR muscles and myotoxin-treated muscles were also
expressed as a percentage of control (normal) muscles, that
is, contralateral muscles. Values are means ± SEM.

3. Results

3.1. Effect of IR Injury. At 14 days after IR in contrast to
control muscles (Figure 1(a)), ischemic/reperfused muscles
exhibited centronucleated muscle fibres of small diameter
(regenerating muscle fibres, Figure 1(c)) and “ghosts” that
are most likely dead muscle fibres that have not yet
disappeared (Figure 1(d)). These observations indicate that
IR injury resulted in extensive muscle fibre death, with no
apparent survival of muscle fibres and induced insufficient
muscle regeneration by day 14. In order to have a wider
insight on the potential effects of IR, ischemic/reperfused
muscles were also compared to myotoxin-treated muscles.
These muscles exhibited similar extensive muscle damage.
However, regeneration was more advanced and more homo-
geneous since centronucleated muscle fibres filled >90%
of the muscle cross-section of myotoxin-treated muscles
(Figure 1(b)). Fibrosis, based on Sirius Red stainings, was
also observed in ischemic/reperfused muscles (Figure 1(h)).

Muscle function also shows drastic changes after IR
injury. By 14 days, absolute maximal force (P0, Figure 2),
specific maximal force (P0/m, Figure 3), fatigue resis-
tance (FR, Figure 4) and muscle weight (Figure 5) were
still markedly reduced in ischemic/reperfused muscles as
compared to control muscles (P < .05). The fact that
absolute maximal force was reduced by 89% at day 14
confirmed that none of the muscle fibres had survived to
IR injury. In contrast, we found no significant difference
between myotoxin-treated muscles and control muscles at
day 14 (Figures 2–5). Accordingly, the levels of recovery (%

of control muscles) of absolute maximal force (Figure 2)
and specific maximal force (Figure 3), fatigue resistance
(Figure 4), and weight (Figure 5) in ischemic/reperfused
muscles were reduced when compared to myotoxin-treated
muscles, by day 14. By day 28, the level of recovery of absolute
maximal force and weight in ischemic/reperfused muscles
was still lower as compared to myotoxin-treated muscles
(Figures 2 and 5, P < .05). By 56 days, ischemic/reperfused
muscles fully recovered absolute maximal force (Figure 2)
and fatigue resistance (Figure 4). However, specific maximal
force (Figure 3) was still reduced in ischemic/reperfused
muscles as compared to control muscles, by day 56
(P < .05). This last result was explained by the fact
that ischemic/reperfused muscles were heavier by day 56
(Figure 5, P < .05) whereas absolute maximal force was
normal (Figure 2).

3.2. Further Analysis of Injured Muscles. To determine
whether the difference in muscle recovery between the
ischemic/reperfused and myotoxin-treated muscles was
related to delayed muscle regeneration, we analysed the
expression of neonatal myosin heavy chain (MHC), that is an
MHC isoform expressed at the earlier stage of muscle repair.
We found that neonatal MHC was still strongly expressed
in ischemic/reperfused muscles (Figure 1(e)) at day 14 but
not in myotoxin-treated muscles (Figure 1(f)), confirming
delayed muscle regeneration.

It has been previously documented that a reduced blood
supply impairs muscle recovery following injury [19]. To
test the hypothesis that a reduction in muscle blood supply
could explain the difference between ischemic/reperfused
and myotoxin-treated muscles, we also analysed muscle
capillarity. At day 14, we observed that there was no
difference in capillary density between ischemic/reperfused
and myotoxin-treated muscles (Figure 6).

We next analysed some of the earlier events in muscle
regeneration to try to explain the delayed muscle regener-
ation observed in the IR group. Since cytokines are known
to be involved both in proliferation and differentiation
we examined the expression of selected cytokines using
a cytokine antibody array that was performed on muscle
extracts obtained at day 7. We did not find any marked
difference between these two types of muscle injury con-
cerning the level of growth factors (IGF-1, IGF-2, FGF-2,. . .)
classically involved in muscle repair [20] (Table 1). However,
some results did show differences in the 2 types of injured
muscles. For example, proteins contributing to angiogen-
esis (VEGFR1), extracellular matrix remodeling (MMP-2
and MMP-3) were not upregulated in ischemic/reperfused
muscles as compared to myotoxin injured muscles, whereas
some factors regulating the activation and migration of
leukocytes in injured tissues (MIP-1, MIP-2 and MIP-3) and
inflammation (sTNF R1 and sTNF R2) were increased in
ischemic/reperfused muscles (Table 1).

Muscle fibers are regenerated by the activation and
proliferation of satellite cells that fuse together to form
myotubes. To determine whether the deficient regeneration
observed in ischemic/reperfused muscles was the result of
a reduced satellite cell pool, the number of cells expressing
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Figure 1: Cross-section of muscles after IR injury and myotoxic injury. Cross-sections 14 days after injury was stained with hematoxylin and
eosin solution ((a), (b), (c), (d)) or revealed for neonatal MHC reactivity ((e), (f)). Cross-section 2 months after IR injury were stained with
Sirius red stain ((g), (h)). ((a), (g)) control muscles (corresponding to myotoxin-treated muscles); ((c), (d), (e), (h)) Ischaemic/reperfused
muscles (IR+); ((b), (f)) myotoxin-treated muscles (MI+).

Myf5 was measured after 3 hours of reperfusion. We found
that ischemic/reperfused muscles contained a lower number
of Myf5 cells as compared to control muscles (P < .05,
Figure 7). However the loss of Myf5 cells was similar in
ischemic/reperfused and myotoxin-treated muscles muscles
(Figure 7).

4. Discussion

The aim of this study was to examine the long-term
consequence of IR injury on murine hindlimb skeletal
muscles. Very little information exists on the rate and on the
ultimate extent of muscle recovery following IR injury in this

animal model. Our findings indicate that IR injury has a long
lasting and detrimental effect on muscle recovery.

Reduced ATP production [7] and mitochondrial dys-
function [2] are the cause of the extensive cellular death after
IR injury. Consequently there is a very marked reduction
in muscle function observed just after IR [5, 7, 21]. Our
results indicate that maximal force and fatigue resistance in
ischemic-reperfused muscles were still markedly reduced 14
days after IR injury, in agreement with previous observations
[5, 21]. At this time point, the deficit in absolute maximal
force production (−89%) can be explained by the decrease
in muscle mass and in specific maximal force. This was
related to the poor muscle fibre regeneration, since there
were regions of the muscle cross section with no regenerating
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Figure 2: Maximal tetanic force (P0) of muscles after ischemia-
reperfusion injury and myotoxic injury. Values are means ± SEM.
Number of data per group is 4–6. IR+: ischaemic/reperfused
muscles, IR−: control muscles of ischaemic/reperfused muscles,
M+: myotoxin-treated muscles, M−: control muscles of myotoxin-
treated muscles. (a) significantly different from control (P < .05),
(b) significantly different from 28 days (P < .05), (c) significantly
different from 56 days (P < .05), (d) significantly different from
M+.
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Figure 3: Specific maximal tetanic force (P0/m) of muscles
after ischemia-reperfusion injury and myotoxin injury. Val-
ues are means ± SEM. Number of data per group is 4–
6. IR+: ischaemic/reperfused muscles, IR−: control muscles of
ischaemic/reperfused muscles, M+: myotoxin-treated muscles, M−:
control muscles of myotoxin-treated muscles. (a) significantly
different from control (P < .05), (b) significantly different from 28
days (P < .05), (c) significantly different from 56 days (P < .05), (d)
significantly different from M+.
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Figure 4: Fatigue resistance of muscles after ischemia-reperfusion
injury and myotoxin injury. Values are means ± SEM. Number
of data per group is 4–6. IR+: ischaemic/reperfused muscles, IR−:
control muscles of ischaemic/reperfused muscles, M+: myotoxin-
treated muscles, M−: control muscles of myotoxin-treated muscles.
(a) significantly different from control (P < .05), (b) significantly
different from 28 days (P < .05), (c) significantly different from 56
days (P < .05), (d) significantly different from M+.
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Figure 5: Muscle weights after ischemia-reperfusion injury and
myotoxic injury. Values are means ± SEM. Number of data per
group is 4–6. IR+: ischaemic/reperfused muscles, IR−: control
muscles of ischaemic/reperfused muscles, M+: myotoxin-treated
muscles, M−: control muscles of myotoxin-treated muscles-do
not you-mean contralateral muscle of myotoxin-treated mice?. (a)
significantly different from control (P < .05), (b) significantly
different from 28 days (P < .05), (c) significantly different from 56
days (P < .05), (d) significantly different from M+.
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Figure 6: Capillary density 14 days after ischemia-reperfusion injury and myotoxic injury. Values are means ± SEM. Number of data per
group is 3. IR+: ischaemic/reperfused muscles, IR−: control muscles of ischaemic/reperfused muscles, M+: myotoxin-treated muscles, M−:
control muscles of myotoxin-treated muscles.

muscle fibres, resulting in a reduced number of cross-bridges
in parallel. Modified neuromuscular transmission cannot be
excluded, although a recent study reports that nerve and
muscle stimulation resulted in similar force production by
day 14 [5].

Full recovery of absolute maximal force and fatigue
resistance occurred by days 28 and 56. However, even at

56 days specific maximal force production was still lower
in ischemic-reperfused muscles (−17.5%) as compared to
control muscles. One reason leading to the long-term
deficit in specific maximal force is that ischaemia-reperfused
muscles exhibit a lower density of cross-bridges due to
increased fibrosis (as shown at days 56). In contrast,
myotoxin-treated muscles fully recovered. Therefore our
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Table 1: Cytokine expressed in the ischemic-reperfused and
myotoxin-treated muscles at day 7.

IR+ (% uninjured) MI+ (% uninjured)

Myogenesis

IGF-I 71 63

IGF-II 43 64

IGFBP-2 65 65

IGFBP-3 107 122

IGFBP-5 109 126

IGFBP-6 109 110

bFGF 106 97

HGF R 0 19

Angiogenesis

VEGF 132 113

VEGF R1 103 138

VEGF R2 0 0

VEGF R3 0 0

VEGF-D 0 0

ECM remodelling

MMP-2 65 153

MMP-3 87 52

TIMP-1 93 85

TIMP-2 96 73

Pro-MMP-9 44 48

Chemokines

Fractalkine 111 90

GCSF 95 91

GM-CSF 91 97

KC (IL8) 129 113

MCP1 75 85

MCP-5 72 79

MIP-1 136 104

MIP-1 196 135

MIP-2 146 119

MIP-3 153 113

MIP-3 132 118

RANTES 119 141

Inflammation

IL-1 b 117 94

IL-6 89 69

TNF 107 92

sTNF RI 146 94

sTNF RII 135 102

results suggest that complete recovery of mouse hindlimb
skeletal muscles might never be reached after IR injury,
with IR injury reducing the final extent of muscle repair.
Thus the long-term consequence of IR injury is that muscle
might be heavier (+18.7%) to produce a normal level of
maximal force, indicating that the functional “quality” of
ischemia-reperfused muscle is lower. Interestingly, a deficit
in specific maximal force is also observed in the murine
model of Duchenne muscular dystrophy, the mdx mice

(−20–25% [22]). Thus our findings substantiate the concept
that myopathy is an aspect of peripheral arterial occlusive
disease [2, 3].

Another important finding of the present study is that
the level of recovery of maximal force, fatigue resistance
and muscle weight was delayed in ischaemia-reperfused
muscles as compared to myotoxin-treated muscles at day 14.
The differences between ischaemia-reperfused and myotoxic
injury were not a result of greater initial injury in the
ischaemia-reperfused muscles since all muscle fibers were
destroyed by both types of injury. Interestingly, in contrast to
myotoxic injury, at 14 days postinjury developmental MHC
was not downregulated in ischaemia-reperfused mucles.
Therefore our results indicate that muscle regeneration is
not only unable to restore normal characteristics but is also
delayed following IR injury.

Differential muscle repair between ischemic-reperfused
and myotoxin-treated muscles could be explained by differ-
ent reasons. Satellite cells, local environment, blood vessels
and nerve branches are all elements known to play a
major role in muscle regeneration. An explanation of our
findings could be that part of the satellite cell reservoir,
that is, the main source of regenerating muscle fibers
was lethally affected by ischemia-reperfusion, resulting in
fewer myoblasts, and consequently smaller or less numerous
regenerating muscle fibres. In favour of this explanation
are data suggesting that muscle recovery increases with the
number of satellite cells that escape killing after cryodamage
[23]. However we found that the number of Myf5lacZ cells
(satellite cells) was similarly reduced by ischemia-reperfusion
injury and myotoxic injury. The fact that myotoxic injury can
result in satellite cell death was surprising but in agreement
with a recent study [24]. Another possibility could be that
satellite cell activation proliferation or cell fusion are inhib-
ited by the fact that IR induced an unfavourable environment
to muscle repair, such as diabetes [25]. The inflammatory
response must be resolved to allow muscle repair [26]. So
it is plausible that the reduced muscle repair was the result
of a prolonged and combined effect of oxidative stress and
inflammation induced by IR injury [1, 3]. Our cytokine
antibody array supports this hypothesis. In contrast to
myotoxin-treated muscles, some chemokines and markers
of inflammation are still increased in ischemic/reperfused
muscles at day 7. However, the reduced muscle repair
that we observed was not caused by a decrease in growth
factors that are key players of muscle regeneration (IGF-
1, IGF-2, FGF-2,. . .), at least at day 7. Blood supply is also
considered to play an important role in muscle repair [11,
12]. This was recently confirmed by a study reporting that
arterial peripheral insufficiency decreased muscle recovery
after injury [19]. We therefore hypothesised that the reduced
blood supply due to microvascular leakage observed after
IR [1] explains the reduced muscle recovery after IR injury.
Our findings showed that by 14 days there was no reduction
in capillarity density. However, our results did not rule
out the possibility of a reduced blood supply at earlier
stage of muscle regeneration. We noted at day 7 a reduced
level of VEGFR1. Finally, it is plausible that terminal nerve
damage could be induced by IR injury [27], resulting in
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Figure 7: Number of Myf5 cells 3 hours after ischemia-reperfusion
injury and myotoxin injury. Values are means ± SEM. Number
of data per group is 4–6. IR+: ischaemic/reperfused muscles, IR−:
control muscles of ischaemic/reperfused muscles, M+: myotoxin-
treated muscles, M−: control muscles of myotoxin-treated muscles.
(a) significantly different from control (P < .05).

a lower level of neuromuscular activity during the early
stage of muscle recovery. It has been reported that although
nerves retract from the neuromuscular junction immediately
after myotoxin injury there is a very rapid restoration of a
functional innervation within 3–5 days [11]. Neural activity
and mechanical loading are essential for correct muscle
regeneration after myotoxin injury [28, 29].

5. Conclusion

In this study we have documented the muscle regeneration
that occurs following a period of 3 hours of ischemia in
mice. We show that IR injury results in a long-term deficit
in muscle function. This was the result of a muscle repair
process that was not only delayed but was unable to restore
the normal functional characteristics to the regenerated
muscle. The lower rate and extent of muscle regeneration
after IR injury was not related to a specific loss of satellite
cells, nor to a decreased capillary bed density or expression
of major growth factors controlling myogenesis. It could
however be related to the prolonged inflammation and
oxidative stress that does occur after IR. These results
confirm the necessity to develop ways to prevent muscle
damage induced by IR injury. They should also encourage the
research of successful therapies that accelerate muscle repair
in the context of vascular deficiency or trauma.
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Diabetes is characterized by ventilatory depression due to decreased diaphragm (DPH) function. This study investigated the
changes in contractile properties of rat DPH muscles over a time interval encompassing from 4 days to 14 weeks after the onset of
streptozotocin-induced diabetes, with and without insulin treatment for 2 weeks. Maximum tetanic force in intact DPH muscle
strips and recovery from fatiguing stimulation were measured. An early (4-day) depression in contractile function in diabetic DPH
was followed by gradual improvement in muscle function and fatigue recovery (8 weeks). DPH contractile function deteriorated
again at 14 weeks, a process that was completely reversed by insulin treatment. Maximal contractile force and calcium sensitivity
assessed in Triton-skinned DPH fibers showed a similar bimodal pattern and the same beneficial effect of insulin treatment.
While an extensive analysis of the isoforms of the contractile and regulatory proteins was not conducted, Western blot analysis
of tropomyosin suggests that the changes in diabetic DPH response depended, at least in part, on a switch in fiber type.

1. Introduction

Increased fatigability of skeletal muscles, characterized by
difficulty in squatting and in performing repetitive motions,
is commonly observed in both type I and type II diabetes.
Insulin-dependent diabetes mellitus (IDDM) can also lead
to ventilatory depression and decreased sensitivity to hyper-
capnia [1]. Diaphragm function is a limiting factor for
overall muscle performance, in as much as intense physical
activity causes fatigue of diaphragm muscle even in healthy
individuals of varying fitness levels [2]. As for the cause of
the observed weakness in skeletal and respiratory muscles in
diabetics, it has been generally attributed to the motor and
sensory neuropathy [3] often present in diabetic patients.
Yet, modifications in nerve function and conductance are not
consistently observed in these patients, and when they do
appear, they usually do so at a later stage of the disease, thus
implying that diabetic neuropathy cannot be the only cause
of muscular dysfunction [4].

An increased susceptibility to muscle fatigue not only
affects the quality of life but also reinforces the tendency to
physical inactivity typical of the diabetic patient. Decreased
physical activity is very deleterious since even moderate
exercise is beneficial in controlling glycemia in diabetic
patients, limiting the dependence on insulin or oral antidi-
abetic drugs [5]. In recent years, the lack of or a decrease
in physical activity has been considered one of the main
causes, if not a direct trigger, of the increased incidence in
chronic diseases such as diabetes, obesity, hypertension, and
other cardiovascular disorders [6]. Therefore, understanding
factors that in addition to inactivity limit exercise tolerance
in diabetic patients is very important.

Whilst several studies have focused on understanding
how muscle contractility exerts its regulatory role on
glycemia under physiological and diabetic conditions [1–3],
little is known about the cellular mechanisms responsible for
the increased muscle fatigability under diabetic conditions.
Moreover, the majority of the studies performed to date
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have been carried out in hind-limb skeletal muscles or
in cardiac tissue [7–11] whereas scarce attention has been
paid to diaphragm muscle performance. In two previous
studies in diaphragm muscles, Hida et al. [12] reported
a worsening of diaphragm contractile function at 3 and
7 days after streptozotocin administration, while McGuire
and MacDermott [13] reported a compromised contractile
function in diabetic diaphragm muscles at ∼3 months.
To our knowledge, neither of these two studies, nor any
other study to date, has investigated the effects of diabetes
on diaphragm muscles within a sequential time frame
that encompasses acute, steady-state, and chronic effects of
diabetes.

Hence, the main aim of our study was to investigate
changes induced by diabetes in diaphragm contractility
and fatigability in a system in which alterations in nerve
function and conductivity have no direct impact on muscle
performance throughout a broad time span. To achieve our
aim, we used streptozotocin- (STZ-) induced diabetic rats
and age-matched controls over a period ranging from 4 days
to 14 weeks after STZ administration. The effect of insulin
supplementation at a later time point (12 weeks STZ-diabetic
+ 2 weeks of insulin treatment) was also investigated. We
utilized intact diaphragm muscle to concomitantly study
maximal tetanic force produced by the muscles as well as
the contractile response to, and recovery from, fatiguing
stimulation. Skinned fibers were used to assess changes in
calcium sensitivity.

Our data demonstrate that there is an early acute, dele-
terious effect of diabetes on muscle function. This phase is
followed first by a gradual improvement in muscle function
reflecting a compensatory adaptation that peaks at ∼8 weeks
and then a marked deterioration in muscle function at 14
weeks after diabetes onset. Two weeks of insulin treatment
at 12 weeks after STZ administration completely reversed
the compromised muscle function observed at 14 weeks. A
similar bimodal pattern of response was also observed in
contractility studies conducted in skinned diaphragm muscle
fibers.

These results are discussed in a context of clinical
relevance as the time frame observed (days to weeks in
rats) would be approximately equivalent to changes that
would occur over months to several years of pathology in
humans. Our results suggest that changes in diaphragm
contractile machinery composition and function play a role
in the pathophysiology of respiratory diseases secondary to
diabetes in addition to limiting physical activity in diabetic
patients.

2. Materials and Methods

2.1. Animals and Euthanasia. Male Sprague Dawley rats
weighting 180–210 g (Harlan Laboratories, Indianapolis, IN)
were sacrificed by CO2 inhalation. All procedures were
performed in accordance with the “Guiding Principles in the
Care and Use of Animals” approved by the American Physi-
ological Society and the Animal Protocol Review Committee
of the School of Medicine at CWRU.

2.2. Materials. Insulin and glucose-reader strips were from
Gemco (Hudson, OH). Urine glucose/ketones strips were
from Fisher (Pittsburgh, PA). Streptozotocin and all other
chemicals were of analytical grade (Sigma, St Louis, MO).

2.3. Induction of Diabetes. Rats were randomly divided into
two groups. One group of animals was rendered diabetic by
a single intraperitoneal (ip) injection of 65 mg/kg streptozo-
tocin (STZ) in citrate buffer (pH 4.0), while control animals
received an equivalent volume of vehicle. Diabetes onset
occurred within 48 hours following STZ administration
and it was determined by the appearance of glucose in the
urine with glucose strips. The diabetic animals and the age-
matched controls were sacrificed at 3-4 days (referred to as 4-
day animals for simplicity), 2 weeks, 4 weeks, 8 weeks, and 14
weeks after STZ administration. After 12 weeks from diabetes
onset, a subgroup of diabetic animals were placed on daily ip
injection of Ultralente insulin (2 U/50 g body weight). These
animals were sacrificed at 14 weeks from diabetes induction
(i.e., after 2 weeks of insulin treatment).

2.4. Intact Muscle Preparation . These experiments were
performed following the protocols established by de Paula
Brotto et al. [14]. After the animals were sacrificed, the
intact diaphragm (DPH) muscles were removed and placed
in a dissecting dish containing a modified Ringer solution
having the following composition (mM): 136.5 NaCl, 5.0
KCl, 1.8 CaCl2, 0.4 NaH2PO4, 0.5 MgCl2, 11.9 NaHCO3,
and 10 glucose, pH 7.4, continuously bubbled with 95% O2,
5% CO2, 25◦C, to establish control, normoxic conditions.
DPH muscles were carefully dissected into small muscle
strips measuring 35–40 mm in length and less that 1 mm
in thickness to favor optimal oxygen diffusion throughout
the muscle strips [14]. For each experimental data point 2-
3 strips per animals and 3–6 animals per group (diabetic
or nondiabetic) were utilized, and the obtained data were
averaged. DPH muscle strips were mounted vertically from
the central tendon to the rib cage tissue on a Radnoti
(Monrovea, CA) system. The muscle sutures were attached
to an isometric force transducer and to a stationary post.
The output of the force transducer was digitized and stored
in a computer for later analysis. The resting tension and the
stimulatory voltage (provided by a Grass digital stimulator)
were adjusted to produce maximal isometric tetanic force
(Tmax). The stimulation pattern for these experiments was
completely automated after the muscles were mounted.
Powerlab/400 E series (ADInstruments, Mountain View, CA)
was used to drive a digital Grass stimulator and Chart for
Windows v4.0.1 (ADInstruments, Mountain View, CA) was
used to collect, digitize, analyze, and store the data to a PC.

2.5. Intermittent Fatiguing Protocols. After Tmax was deter-
mined, the intact DPH strips were allowed to equilibrate for
20 minutes in the Ringer’s solution described above (Equi-
libration Period, Equil in Figure 1). During equilibration,
muscle strips were stimulated with 100 Hz, 330 mA, 500 msec
electrical pulse-train administered with a periodicity of 1
minute to generate Tmax. Stimulation during equilibration
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Figure 1: Original raw digital tracing of a control DPH muscle strip
showing our intact contractility protocol. This intact contractility
record shows the last 4 minutes of equilibration (Equil), followed
by the fatiguing stimulation period (Fatigue, 5 minutes) and by the
recovery period. During Equil and Recovery, the muscle strip was
stimulated with tetanic contractions every minute, while during
the fatigue period, the muscles were stimulated every second.
Calibration bars for this specific experiment are shown. The
horizontal bar denotes time in minutes and the vertical bar the
relative force in mN produced by the preparation.

allowed us to monitor the condition of the muscle and did
not cause measurable fatigue over the 20-minute equilibra-
tion period. Following equilibration, the muscles from the
fatigue group were subjected to a 5-minute fatiguing protocol
(Fatiguing Period, Fatigue, Figure 1) consisting of the same
stimulatory pattern administered at a 1-second periodicity.
Thereafter, the periodicity of the stimulus train was returned
to 1-minute intervals and the muscles were allowed to
recover for 30 minutes (Recovery Period, Figure 1). All force
data were normalized to the last tetanic contraction at the
end of the equilibration period and just prior to the start of
the fatiguing protocol (this Tmax = 100%). Absolute force,
normalized per cross-sectional area (in N/cm2), was deter-
mined at the end of the equilibration period as previously
described [14].

2.6. Triton-Skinned Muscle Fibers. Force-versus-pCa rela-
tionships were measured using skinned muscle preparations
dissected from the same DPH strips used for the intact
muscle experiments described above. The technique has been
described in detail elsewhere [15, 16]. In brief, single muscle
fibers were dissected under a microscope and mounted
between an isometric force transducer and a stationary post.
All membranes were removed by exposure to Triton X-
100. Fibers were activated by transferring them to troughs
containing different amounts of free calcium. Calcium-
activated force was recorded and normalized to the cross-
sectional area of each fiber (in N/cm2) and to the maximal
force produced by each fiber (100%, Fmax). The force-versus-
pCa curve for each fiber was fit to Boltzmann-Sigmoidal
equation as previously described [15, 16]. Ca2+sensitivity was

evaluated from Ca50 (the Ca2+ concentration producing half-
maximal force). The steepness of the curve was evaluated
from N, the Hill coefficient. After each parameter was
obtained for individual fibers, an average force versus pCa
was calculated. In Table 1, n represents the number of
individual muscle preparations studied while the number in
parenthesis indicates the number of animals from which the
fibers were isolated.

2.7. Western Blot Analysis of Tropomyosin Isoforms. The rat
skeletal muscle SDS-gel samples were resolved by SDS-PAGE
using 14% Laemmli gels with an acrylamide: bisacrylamide
ratio of 180 : 1 cast using a Bio-Rad mini-Protean II system.
The resolved protein bands were electrically transferred to
nitrocellulose membrane (0.45 μm pore size) using a Bio-
Rad semidry transfer apparatus at 5 mA/cm2 for 15 minutes.
The membrane was blocked in Tris-buffered saline (TBS)
composed of (in mm) 137 NaCl, 5 KCl, and 25 Tris-HCl
(pH 7.4) containing 1% BSA at room temperature for 1
hour and incubated with monoclonal antibody (mAb) CH1
against α- and β-Tm mixed with mAb CG3 against γ-Tm
(provided by Dr. Jim Lin, University of Iowa) [17] in TBS
containing 0.1% BSA at 4◦C overnight. After three washes
with TBS containing 0.5% Triton X-100 and 0.05% SDS and
two TBS rinses, the membrane was incubated with alkaline
phosphatase-conjugated antimouse IgG second antibody
(Sigma) in TBS containing 0.1% BSA at room temperature
for 1.5 hours. After washes as above, 5-bromo-4-chloro-3-
indolyl phosphate/nitro blue tetrazolium substrate reaction
was carried out as described previously [17] to visualize the
tropomyosin isoforms.

2.8. Statistical Analyses. Values are mean ± SD. Significance
was determined by ANOVA followed by either Tukey’s or
Bonferroni’s tests. A value of P < .05 was used as criterion
for statistical significance.

3. Results

At the time of sacrifice, the level of glycemia was measured
by glucose-strip reader on 25 μl of blood and found to be
425 ± 15 versus 88 ± 5 mg/100 mL for 2-week diabetic and
age-matched control animals, respectively (n = 12 for both
experimental groups, P < .05), not increasing significantly
with diabetes progression (e.g., 459 ± 17 versus 93 +
7 mg/100 mL in 4-week diabetic and age-matched control
animals, respectively (n = 10 for both experimental groups,
P < .05). Rats receiving insulin supplementation presented
a glycemia of 98 ± 10 mg/100 mL at the time of sacrifice as
compared to 96± 6 and 461± 11 mg/100 mL in age-matched
control and 14-week diabetic animals, respectively (n = 6 for
all experimental groups).

Maximal tetanic force (Tmax, normalized to cross-
sectional area in N/cm2 at the end of the equilibration
period) was significantly reduced by ∼25% for muscles
isolated from 4-day diabetic animals compared with age-
matched controls (see Table 1). Figure 2(a) illustrates the
response of the 4-day diabetic and age-matched control
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Figure 2: Temporal adaptation of intact diaphragm (DPH) muscle contractile function in diabetic muscles. All data are presented as the
mean ± SD. (a) Diabetes exerts an acute deleterious effect on DPH contractile function that is reverted with time (b and c) and profoundly
deteriorates with the progression of diabetes (d). After 2 weeks of insulin treatment DPH contractile function significantly improves to levels
comparable to control levels (d). In all panels, closed squares show data for control muscles, open circles for diabetic muscles, and the open
triangle represents the diabetic + insulin treatment. ∗ means P < .05. Tmax, number of experiments and statistical details are presented in
Table 1 and methods.

muscles to the fatiguing protocol, with all data normalized to
Tmax for each muscle. While there was an identical decrease
in force in both muscle sets at the end of the fatigue
period to approximately 15% of Tmax, the diabetic muscles
regained force to only 52% of Tmax after 30 minutes of
recovery compared to 80% for the age-matched controls.
The acute effect of diabetes on the recovery of intact
muscle strip function to fatiguing stimulation at 4 days

post streptozotocin administration suggests that acute loss
of insulin signaling renders diaphragm muscle susceptible to
fatigue-induced damage.

We found that the diaphragm muscle of 4-week diabetic
animals may have adapted to the high glucose levels (Table 1,
Figure 2(b)). Tmax was significantly increased from the value
in 4-day diabetic animals and was only slightly reduced
(by approximately 10%) from the value in age-matched
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Table 1: Contractile data from diaphragm of diabetic animals and age-matched controls.

Intact muscles

4 days 4 weeks 8 weeks 14 weeks

Control Diabetic Control Diabetic Control Diabetic Control Diabetic Insulin

n = 7 (4) n = 7 (4) n = 9 (5) n = 8 (4) n = 10 (5) n = 10 (5) n = 7 (4) n = 7 (4) n = 8 (4)

Tmax (N/cm2) 25± 2.2 18± 1.2 25.5± 2.5 22.9± 1.5b 24.8± 2.1 20± 2.2c 25.3± 1.1 15.2± 1.2d 24.7± 2.3e

Fatigue (%Tmax) 16± 2 17± 2 10± 1.5 19.5± 1b 12± 2 24± 2c 15± 1 5± 1d 20± 6e

Recovery (%Tmax) 80± 5 52± 6a 62± 4 65± 7 70± 2 88± 3c 82± 5 39± 4d 78± 6e

Skinned fibers

n = 12(3) n = 9 (3) n = 8 (3) n = 9 (3) n = 12 (4) n = 12 (4)

Fmax (N/cm2) 23± 3.1 17.3± 2.2∗ 21± 1.1# 19.5± 1.8# 14.5± 2.8∗ 23.8± 3.8$

pCa50 5.62± 0.03 5.46± 0.05∗ 5.70± 0.12# 5.87± 0.02# 5.33± 0.04∗ 5.63± 0.07$

N 4.45± 0.22 3.55± 0.09∗ 3.25± 0.22# 2.85± 0.12# 3.35± 0.20∗ 4.23± 0.18$

n represents the number of individual muscle preparations studied while the number in parenthesis indicates the number of animals from which the fibers
were isolated.
aTmax and recovery decreased in diabetic muscles (P < .05)
bTmax decreased and recovery enhanced in diabetic muscles (P < .05)
cTmax decreased, fatigue reduced and recovery enhanced in diabetic muscles (P < .05)
dTmax decreased, fatigue increased and recovery decreased in diabetic muscles (P < .05)
eTmax, fatigue and recovery returned to control levels in diabetic muscles treated with insulin (P < .05)
∗Fmax reduced, pCa50 reduced (less sensitive) and N decreased (reduced cooperativity) in diabetic fibers (P < .05)
#Fmax reduced, pCa50 increased (more sensitive) and N decreased (reduced cooperativity) in diabetic fibers (P < .05)
$Fmax, pCa50 and N returned to control levels in diabetic fibers treated with insulin (P < .05).

control muscles. Unlike the 4-day diabetic muscles strips that
recovered to a lesser degree than the control muscle strips,
after 4 weeks of diabetes, the muscles from these animals
recovered to the same extend as the age-matched controls.
Interestingly, by 4 weeks, diabetic muscles fatigued signifi-
cantly less than the age-matched controls. The adaptation to
lack of insulin persisted through 8 weeks of diabetes (Table 1,
Figure 2(c)); the diabetic muscles fatigued even less and
recovery from fatiguing stimulation became nearly complete
(88% of Tmax versus 70% in the age-matched controls).
Tmax was further reduced in 8-week diabetic muscles to
approximately 20% of control levels. However, this seemingly
beneficial adaptive response pattern to fatiguing stimulation
dramatically changed at 14 weeks of diabetes (Table 1,
Figure 2(d)); all three contractile properties significantly
decreased when compared to the age-matched controls. By
14 weeks, Tmax was drastically reduced by 40% in diabetic
muscles. We found that these late-stage responses to diabetes
were completely reversed by insulin. When insulin was
administered for two weeks to a set of animals diabetic for 12
weeks, Tmax and force at the end of the fatiguing and recovery
periods all returned to the levels observed in the age-matched
controls.

While our intact muscle experiments were able to
reveal clear temporally related phenotypic changes in DPH
muscles from diabetic rats, it is difficult to infer from these
types of experiments any cellular mechanisms that might
account for the observed responses. Triton-skinned muscle
fibers provide a suitable model system to identify specific
modifications within the contractile machinery/proteins that
are occurring at various times after streptozotocin treatment,
particularly considering the temporal changes in Tmax we
detected in our studies. Figure 3 shows the force-versus-pCa

relationships for single skinned muscle fibers from control
(nondiabetic, 3 months of age), 4-day diabetic, 4-week, 8-
week diabetic, 14-week diabetic, and insulin-treated animals.
At 4 days, the maximum calcium-activated force (Fmax)
significantly decreased (by 25%) in a manner that closely
matched the observed reduction in Tmax of intact muscles
(Table 1). In addition, the calcium concentration at which
half-maximal activation was achieved (Ca50) significantly
increased, indicating that the fibers had become less sensitive
to calcium (see Table 1, Figure 3). The slope of the curve (N)
also significantly decreased in the 4-day diabetic fibers. Just as
the intact diabetic muscle strips improved their performance
after 4 and 8 weeks of diabetes, single skinned fibers from
diabetic animals recovered to a significant extent from the
loss in Fmax (reduced by∼9% at 4 weeks and 15% at 8 weeks)
while their sensitivity to calcium progressively increased. It is
interesting to note that a lower Fmax and an increased calcium
sensitivity are observed in slow-twitch, oxidative muscles as
compared to fast-twitch, glycolytic muscles [15, 18]. The
slope of the force-versus-pCa curves continued to be reduced
at these time points. As observed in intact muscles, this
adaptive response was lost at 14 weeks after diabetes onset,
with Fmax and calcium sensitivity decreasing significantly.
Muscles from 12-week diabetic animals treated for 2 weeks
with insulin showed a dramatic change in the characteristics
of their skinned fibers; the deterioration of function observed
in 14-week diabetic animals was completely reversed with
Fmax, Ca50, and N values returning to control levels.

We sought to determine potential molecular mechanisms
that might explain the adaptive responses of the muscles
to diabetes. The reduction in force (both Tmax and Fmax)
and the increase in calcium sensitivity suggest a change in
fiber type. Therefore, we performed Western blot analysis
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Figure 3: Diabetes alters the essential contractile properties in
Triton-skinned muscle fibers. All data are presented as the mean
± SD. Force-versus-pCa relationships for all conditions are shown.
The open circle symbol shows the average control force-versus-pCa
curve, closed circles show 3-4 days diabetic, closed squares 4 weeks
diabetic, closed diamonds 8 weeks diabetic, closed triangles 14
weeks diabetic, and open triangles the insulin-treated muscle fibers.
Fmax, number of experiments and statistical details are presented in
Table 1 and methods.
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Figure 4: Expression of the slowest Tm isoform occurs in untreated
DPH muscles after 8 weeks of diabetes. Western blot shows the
control and diabetic expression patterns for all three Tm isoforms.
The slowest Tm isoform is only detected in 8-week diabetic muscle
homogenates. See experimental details in Section 2.

of tropomyosin (Tm) isoforms in muscle homogenates from
control and 8-week diabetic rats (Figure 4). We discovered
that while control muscle samples only contained the α- and
β-Tm isoforms, 8-week diabetic samples contained the γ-Tm
isoform, an isoform which uniquely appears in slow-twitch
muscles [19].

4. Discussion

To our knowledge, this is the first study to investigate
the effects of diabetes induced by STZ on DPH muscles

from mammals during a sequential time frame extending
from 4 days to 14 weeks. Our results clearly demonstrate
that diabetes causes a detrimental acute effect on the
ability of intact DPH muscles to generate maximal tetanic
force (Tmax was decreased by 28%), a condition where the
contractile proteins are maximally stimulated with saturating
intracellular calcium. Because the isolated muscle strips used
in this study are directly stimulated, any effect of diabetes on
force generation would be due to a decrease in the force-
generating capability of the contractile apparatus and not
to effects on either nerve activity or the neuromuscular
junction. In fact, when single DPH fibers were isolated from
the same muscles, maximum calcium-activated force (Fmax)
was reduced by essentially the same amount (25%). By 4
weeks after streptozotocin treatment, both Tmax and Fmax

significantly recovered but were still less than control values.
It would appear that the contractile proteins are adapting to
the diabetic state. However, by 14 weeks post streptozotocin,
there was a major loss in the force-generating capabilities
of the contractile proteins, both Tmax and Fmax decreased
by approximately 40%. Therefore, the myofilament protein
adaptation is incapable of chronically compensating muscle
function in diabetic conditions. This loss in force is due
to altered glucose metabolism and/or lack of circulating
insulin since DPH muscles from 12-week diabetic animals
supplemented with insulin for 2 weeks presented a complete
reversal of this detrimental effect. A recent study in muscle-
specific G protein α-subunit (Gsα) knockout mice [20]
showed that this disruption of insulin signaling in skeletal
muscles resulted in an adaptive fiber-type switch toward
increased slow fiber contents in the absence of hyper-
glycemia. The results in our present study are consistent
with this observation and further demonstrate a beneficial
effect of the increase in slow fibers on compensating fatigue
tolerance in diabetes.

Diabetic patients exhibit increased muscle fatigability
and difficulty in squatting and in performing repetitive
motions. Therefore, we stimulated the isolated DPH muscle
strips from control and diabetic animals with a pattern
of fatiguing stimulation to determine how they respond
to, and recover from, the stress of increased activity.
Both slow- and fast-twitch muscle fibers typically respond
to fatiguing stimulation with a decrease in tetanic force
that will recover to a varying degree upon cessation of
stimulation [21]. Loss of force during the fatigue period
can be due to (1) loss of the maximum force-producing
capability of the contractile apparatus, (2) a decrease in
the calcium sensitivity of the contractile apparatus, (3)
disruption of the excitation-contraction coupling process
that provides calcium to the contractile proteins, and (4)
depletion of energy substrates, including ATP, creatine
phosphate, and glucose. We found that after 4 days of
diabetes, Tmax decreases to the same extent after the
fatiguing period when compared to age-matched control
muscles. However, the fact that Tmax does not recover to
the same extent in diabetic as in control muscles signifies
that one or more of these effects of fatiguing stimulation
is/are irreversible in the diabetic muscles, at least at this
time point. Irreversible damage of fatiguing stimulation to
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DPH muscle can account not only for possible respiratory
complications but also for the increased muscle fatigue
and propensity to inactivity experienced by many diabetic
patients.

An adaptation to diabetes similar in time course to that
observed for Tmax and Fmax was also observed in the response
of the muscles to fatiguing stimulation. After 4 weeks of
diabetes, the intact muscles fatigued less and recovered to
the same extent as age-matched controls. After 8 weeks of
diabetes, the fatigue response was significantly less than at
4 weeks of diabetes and the recovery was now significantly
greater in the diabetic animals. The observation that the
calcium sensitivity of the skinned fibers at both 4 and 8
weeks after diabetes was greater than control may at least
partially account for this observation; even if the excitation-
contraction coupling (ECC) process is permanently com-
promised by fatiguing stimulation, the increased calcium
sensitivity of the fibers would limit the loss of tetanic force
at the end of the recovery period. The potential beneficial
effects of this adaptation are lost by 14 weeks post diabetes.
At this time, corresponding to years of diabetes in humans,
intact fibers fatigue to only 5% of the maximal Tmax and the
recovery is only to approximately 40%. The corresponding
loss of calcium sensitivity of the contractile proteins and
the loss of cooperativity between the contractile proteins (as
reflected in the decreased slope of the force-versus-calcium
curve) can contribute to this response. Our functional data at
the extreme periods studied here (4 days and 14 weeks) are in
complete agreement with the findings of Hida et al. [12] and
McGuire and MacDermott [13], respectively. Interestingly,
all of these detrimental effects of diabetes on muscle function
were completely reversed by 2 weeks of insulin treatment
in our study, demonstrating the fundamental role of insulin
signaling in maintaining skeletal muscle function. Whereas
these benefits were concurrent with renormalized glycemia,
which minimizes protein glycation and AGEs generation,
the role of insulin-mediated cell signaling warrants further
investigation.

Based on data available in the literature and on the
progressive decrease in absolute force developed by DPH
muscles from diabetic rats, it is conceivable that part of the
process activated by diabetes involves alterations/adaptations
in the contractile proteins. Contractile force is directly
related to intracellular Ca2+ levels. The more calcium is
released from the sarcoplasmic reticulum (SR), the higher the
contractile force becomes due to the saturation of contractile
proteins by Ca2+ (see Figure 3). It is evident from this
relationship that the contractile force produced at higher
frequencies of stimulation mirrors the events associated with
the contractile proteins, while SR-related events are better
reflected at the ascending part of the curve [22]. Because
our studies were conducted under conditions where the
frequency of stimulation used produced maximal tetanic
force (Tmax), we can postulate that the adaptation observed
in DPH muscles from diabetic rats is probably intrinsic to
the contractile proteins although other steps of the ECC
process cannot be completely ruled out by our present study.
This is supported by our studies on skinned fibers. The
adaptive response during weeks 4–8 of diabetes is similar

to what one would find if the fibers with the diaphragm
were switching from primarily fast-twitch to primarily slow-
twitch, Fmax would decrease and the fibers would become
more sensitive to calcium [23]. We tested this hypothesis
by measuring the isoforms of Tm that were present in
control and diabetic muscles. α- and β-Tm isoforms are
characteristic of fast-twitch muscles and we found only
these isoforms in the control muscles. In contrast, 8-week
diabetic muscle samples in addition to the α- and β-
Tm isoforms contained the γ-Tm isoform, which is only
found in slow-twitch muscle fibers [19]. While this is not
a thorough analysis of isoforms changes in the contractile
and regulatory proteins under these conditions, the studies
of Zhi et al. [17] suggest that an increase in the γ-Tm
isoform would be accompanied by an increase in the myosin
heavy chain isoforms I and IIa, a decrease in the myosin
heavy chain isoforms IIb and IIx, and a switch from fast
to slow isoforms of Troponin I and Troponin T. Therefore,
it would appear that at least part of the compensation
observed at 4 and 8 weeks of diabetes is due to a certain
degree of fiber-type switching. While this adaptation is
potentially beneficial in that it can help the diaphragm
by functional compensation, it is incapable of sustaining
diaphragm function while diabetic lesion progresses, which
will ultimately cause an uncompensated loss of function.
The fiber-type switching, however, may represent only one
aspect of the decreasing compensatory adaptation over time.
Changes in energy metabolism, calcium cycling within the
muscle fibers, diabetes progression, increased formation of
reactive oxygen species, and AGEs products can all constitute
causes or concauses of the observed phenomenon. It is very
encouraging to note, however, that the loss of function
can be fully reversed by insulin treatment. This finding
is in agreement with the clinical observation that diabetic
patients report fewer complaints about muscle fatigue
when on insulin therapy and glucose levels are normalized
[24].

5. Conclusions

In conclusion, our study is the first to indicate the occurrence
of significant temporal adaptations in diaphragm contrac-
tility in type I diabetic animals. This change is triphasic,
in that an initial deterioration is followed by a marked
amelioration and by a tardy stage in which muscle function
is again severely impaired. Our studies in skinned muscle
fibers suggest that the cellular site of perturbation in diabetic
muscle fibers is the contractile machinery/proteins. While
our inaugural biochemical studies indicate the appearance
of a slow tropomyosin isoform, additional biochemical
approaches are required to more precisely determine the cel-
lular basis of these changes in diabetic diaphragm as well as
their pathophysiological significance. Protein modification
might be an adaptive response to the diabetic milieu stress,
while insulin therapy and glucose normalization might
protect the contractile machinery against the deleterious
effects of the oxidative and inflammatory milieu induced by
diabetes.
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Although Duchenne muscular dystrophy is primarily classified as a neuromuscular disease, cardiac complications play an
important role in the course of this X-linked inherited disorder. The pathobiochemical steps causing a progressive decline in
the dystrophic heart are not well understood. We therefore carried out a fluorescence difference in-gel electrophoretic analysis
of 9-month-old dystrophin-deficient versus age-matched normal heart, using the established MDX mouse model of muscular
dystrophy-related cardiomyopathy. Out of 2,509 detectable protein spots, 79 2D-spots showed a drastic differential expression
pattern, with the concentration of 3 proteins being increased, including nucleoside diphosphate kinase and lamin-A/C, and
of 26 protein species being decreased, including ATP synthase, fatty acid binding-protein, isocitrate dehydrogenase, NADH
dehydrogenase, porin, peroxiredoxin, adenylate kinase, tropomyosin, actin, and myosin light chains. Hence, the lack of cardiac
dystrophin appears to trigger a generally perturbed protein expression pattern in the MDX heart, affecting especially energy
metabolism and contractile proteins.

1. Introduction

The identification of the gene responsible for the pri-
mary defect in X-linked muscular dystrophy [1] led to
the discovery of its protein product, the large membrane
cytoskeletal element dystrophin [2]. The full-length Dp427
isoform of dystrophin is almost completely missing from
the dystrophic surface membrane [3], which triggers the
characteristic dystrophic phenotype of progressive skeletal
muscle weakness and fibre wasting [4]. Mutations in the
dystrophin gene cause the most prevalent and lethal gender-
specific genetic disease of childhood, Duchenne muscular
dystrophy (DMD), and its more benign and less frequent
counterpart Becker’s muscular dystrophy, as well as X-
linked dilated cardiomyopathy [5]. Dystrophin forms a
supramolecular complex with various surface glycoproteins
[6] that are involved in cellular signaling, receptor clustering
and stabilization of the cellular periphery [7]. Tissue-specific
variations in dystrophin isoforms delegate the composition

and subcellular localization of the dystrophin-glycoprotein
complex, and hence the function of the specific mem-
brane assembly may vary between the brain, heart, and
skeletal muscles [8]. In muscular dystrophy, deficiency in
dystrophin causes a significant reduction in the surface-
associated glycoprotein complex, which severely impairs the
integrity of the sarcolemma [9] and causes a broad spectrum
of downstream alterations such as enhanced proteolytic
destruction of muscle proteins and abnormal Ca2+-handling
[10]. This classifies DMD primarily as a genetic disorder of
skeletal muscle, but pathological alterations are also present
in cardiac muscle and diaphragm, as well as the peripheral
and central nervous system [11].

The majority of DMD patients develop clinical cardiac
symptoms during the second decade of life [12], including
arrhythmias, cardiomyopathy, and regional wall abnormali-
ties, leading to fatal cardiac complications in about 20% of
cases [13]. On the cellular level, the gradual replacement of
cardiac fibres by connective and fatty tissue is a hallmark
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of the dystrophic heart [14]. While dystrophin-deficient
skeletal muscles undergo cycles of fibre degeneration and
regeneration, dystrophic heart fibres exhibit only a limited
regenerative capacity causing a progressive decline in the
cardiomyocyte population of the dystrophic heart [15].
Since cardiomyopathy is a frequent occurrence in inherited
muscular dystrophies [16], a number of novel therapeutic
approaches are tested to specifically address the cardiac
symptoms [17, 18], especially membrane-stabilizing agents
such as tri-block poloxamers [19]. In this study, we used
the X-linked muscular dystrophy (MDX) mouse, a well-
established animal model of DMD [20] that is missing
dystrophin isoform Dp427 [21]. Although the dystrophic
phenotype of young MDX hearts does not represent a
perfect replica of DMD-related cardiomyopathic complica-
tions [22], in aged MDX hearts the pathological changes
are of considerable clinical relevance [23–25] and cardiac
MDX fibres are frequently used to evaluate new treatment
strategies to counteract cardiomyopathic complications
[26–29].

The absence of cardiac dystrophin is clearly associated
with necrotic changes, extensive infiltration of inflammatory
cells, increase in adipose tissue, interstitial fibrosis, tachycar-
dia, and impaired contractile properties in the MDX heart
[22, 30, 31]. In analogy to DMD hearts, the expression of
dystrophin-associated glycoproteins is also greatly reduced
in dystrophin-deficient MDX heart cells [32]. Secondary
abnormalities in cardiac fibres from the MDX mouse include
the drastic reduction in key luminal Ca2+-binding proteins
[33] and abnormal stress-induced Ca2+-influx into the
cytosol [34]. Interestingly, both physical exercise and aging
seem to accelerate the dystrophic process in cardiac MDX
tissue [35, 36], whereby a recent study by Spurney et al. [37]
revealed that heart dysfunction was most prominent at 9
months of age. This makes this age group of MDX hearts a
suitable DMD model for investigating global changes in the
cardiac MDX protein complement and was therefore chosen
in this study.

The development of mass spectrometry-based pro-
teomics for the swift identification of proteins has decisively
enhanced the analytical capability of comparative biomedical
studies [38]. In addition, the introduction of fluorescent dyes
has drastically increased the total number of identifiable two-
dimensional spots, whereby fluorescence difference in-gel
electrophoresis (DIGE) can be considered one of the most
advanced biomedical tools for studying two different sets of
soluble protein complements [39]. DIGE analysis generates
highly reproducible findings due to greatly reduced gel-to-gel
variations [40]. We have therefore used this technique here
for the proteomic profiling of the dystrophic MDX heart.
The usefulness of proteomics for determining the biomarker
signature of animal disease models of muscular disorders has
recently been reviewed [41]. An important aspect of genetic
mouse models is that they show, due to their inbred status,
genetically much less interindividual differences than human
patients. Therefore, considerably fewer experimental repeats
are capable of producing meaningful proteomic data. With
respect to X-linked muscular dystrophy, proteomic studies
have mostly focused on MDX skeletal muscles and have

identified numerous biomarker candidates, such as adenylate
kinase [42], calsequestrin [43], regucalcin [44], and the small
stress protein cvHsp [45]. In general, dystrophic skeletal
muscles show an extremely perturbed protein expression
pattern. Although the initial pathobiochemical consequence
of a primary genetic abnormality in dystrophin is a severe
reduction in dystrophin-associated proteins, this seems to
result in a variety of downstream alterations in various
classes of muscle proteins involved in fibre contraction, chap-
erone function, ion homeostasis, cytoskeleton formation and
metabolism [41].

In contrast, relatively little is known about global alter-
ations in the dystrophic heart. Building on the recent findings
of a combined metabolomic and proteomic investigation
into dystrophin deficiency in cardiac muscle [46], this report
describes the detailed DIGE analysis of the expression levels
of fluorescently-tagged dystrophic versus normal cardiac
proteins using both pH 4–7 and pH 6–11 range gels.
Following the densitometric determination of the expression
pattern of 2,509 cardiac protein spots, mass spectrometry
identified 26 proteins being decreased, including various
myosin light chains, tropomyosin, actin, adenylate kinase,
creatine kinase, vimentin, ATP synthase, fatty acid binding-
protein, isocitrate dehydrogenase, NADH dehydrogenase,
myozenin, porin, and peroxiredoxin, and 3 proteins being
increased, including lamin-A/C and nucleoside diphosphate
kinase. These findings suggest that the loss in dystrophin
causes abnormalities in cardiac metabolism, the cellular
stress response, the cytoskeleton, and the contractile machin-
ery. In the future, these results will be useful for comple-
menting studies into the molecular mechanisms of muscular
dystrophy and for evaluating the effects of novel drugs,
genetic modifications, or cell-based therapies on disease
progression.

2. Materials and Methods

2.1. Materials. For gel electrophoretic analyses, analytical
grade chemicals and materials were purchased from Amer-
sham Biosciences/GE Healthcare, Little Chalfont, Bucking-
hamshire, UK (CyDye DIGE fluor minimal dyes Cy3 and
Cy5; 24 cm pH 4–7 and 18 cm pH 6–11 immobilized pH gra-
dient (IPG) strips; IPG buffer; iodoacetamide), Biorad Lab-
oratories, Hemel-Hempstead, Hertfordshire, UK (Laemmli-
type buffer system; protein molecular mass markers),
National Diagnostics, Atlanta, GA, USA (ultrapure Protogel
acrylamide stock solution), Cosmo Bio Company, Tokyo,
Japan (2D silver stain II kit), and Perbio Science, Northum-
berland, UK (Coomassie Brilliant Blue G-250). Protease
inhibitors and chemiluminescence substrate were obtained
from Roche Diagnostics (Mannheim, Germany). Sequenc-
ing grade-modified trypsin was purchased from Promega
(Madison, WI, USA). Nitrocellulose transfer stacks were
from Invitrogen (Carlsbad, CA, USA). Primary antibodies
were obtained from Abcam Ltd., Cambridge, UK (ab28172 to
prohibitin; ab36329 to isocitrate dehydrogenase; ab14734 to
porin isoform VDAC1; ab54824 to adenylate kinase isoform
AK1; ab5432 to ATP synthase, ab16915 to cardiac fatty acid



Journal of Biomedicine and Biotechnology 3

binding protein), Sigma Chemical Company, Dorset, UK
(mAb NOQ7.5.4D to slow/cardiac myosin heavy chain; pAb
to laminin), Visionbiosystems Novocastra, Newcastle upon
Tyne, UK (mAb NCL-DYS1 against the Dp427 isoform of
dystrophin), Thermo Fisher Scientific Inc., Rockford, IL,
USA (mAb Rd301 to desmin) and Santa Cruz Biotech-
nology, Santa Cruz, CA, USA (sc27992 to succinate dehy-
drogenase). All secondary antibodies were purchased from
Chemicon International (Temecula, CA, USA). For confocal
microscopy, Superfrost Plus positively-charged microscope
slides were purchased from Menzel Glaesser (Braunschweig,
Germany). Optimum cutting temperature (OCT) com-
pound was from Sakura Finetek Europe B.V (Zoeterwoude,
Netherlands) and p-phenylenediamine (PPD)-glycerol was
purchased from Citifluor Ltd. (London, UK). MitoTracker
Red CMXRos dye and Alexa Fluor-conjugated secondary
antibodies were from Invitrogen Molecular Probes (Bio
Sciences Ltd., Dun Laoghaire, Ireland). The DNA binding
dye diamidino-phenylindole (DAPI) and all other chemicals
used were of analytical grade and purchased from Sigma
Chemical Company, Dorset, UK.

2.2. Dystrophic MDX Animal Model. Hearts from male 9-
month old C57 control mice and age-matched dystrophic
mdx mice were obtained through the Bioresource Unit of
NUI Maynooth and the Animal House of the University of
Bielefeld. Animals were kept under standard conditions and
all procedures were performed in accordance with German
and Irish guidelines on the use of animals for scientific
experiments. Mice were killed by cervical dislocation and
their hearts removed and snap-frozen [32]. As previously
demonstrated by immunoblotting, the MDX mouse cohort
used in this study lacks the 427 kDa isoform of cardiac
dystrophin and shows a drastic reduction in dystrophin-
associated glycoproteins, such as dystroglycans and sarcogly-
cans [32, 33].

2.3. Preparation of Total Heart Muscle. For the proteomic
profiling of crude cardiac extracts, three normal and three
age-matched dystrophic hearts were separately prepared by
washing with distilled water to remove excess blood. Muscle
tissue was pulverized by grinding in liquid nitrogen using a
mortar and pestle. Ground hearts were solubilized in lysis
buffer with the ratio 100 mg wet weight to 1 mL lysis buffer
consisting of 9.5 M urea, 2% CHAPS, 0.8% IPG buffer pH
3–10, 1% (w/v) DTT and protease inhibitors [45]. Samples
for DIGE analysis were placed in buffer containing only urea
and CHAPS. Samples were gently rocked for 30 minutes and
protein concentration was determined using the Bradford
assay system [47]. For immunoblot analysis samples were
placed into homogenization buffer (0.5 M Hepes pH 7.4,
200 mM EGTA, 10% (w/v) sucrose, 3 mM MgCl2, and
0.1% (w/v) NaN3). The buffer was supplemented with a
protease inhibitor cocktail to prevent protein degradation
[45]. Extracts were shaken at 4◦C on a Thermomixer from
Eppendorf (Hamburg, Germany) for 4 hours and then
centrifuged at 4◦C for 20 minutes at 20,000× g in an
Eppendorf 5417R bench centrifuge.

2.4. Difference in-Gel Electrophoretic Analysis. Potential dif-
ferences in the expression pattern of the soluble proteome
from normal and MDX cardiac muscle were analysed
using the fluorescence difference in-gel electrophoretic DIGE
technique [39], as recommended by Karp and Lilley [48].
The fluorescent dyes Cy3 and Cy5 were reconstituted as a
stock solution of 1 mM in fresh dimethylformamide, then
diluted to a 0.2 mM solution prior to use. Labeling was
performed with 200 pmols of Cy3 fluor dye per 25μg protein.
An internal pooled standard of every sample was prepared
with the Cy5 fluor. Labelled samples were then vortexed and
incubated for 30 minutes on ice in the dark. The reaction
was quenched with 10 mM lysine on ice for 10 minutes [49].
For isoelectric focusing, pH 6–11 IPG strips were rehydrated
for 12 hours in rehydration buffer (8 M Urea, 0.5% CHAPS,
0.2% DTT, and 0.2% ampholytes) with the addition of
1.2% (v/v) DeStreak rehydration solution (Amersham Bio-
sciences/GE Healthcare, Little Chalfont, Buckinghamshire,
UK). Sample and equal volumes of reducing lysis buffer
(9.5 M Urea, 2% CHAPS, 2% DTT, and 1.6% ampholytes)
were added by anodic cup loading. For pH 4–7 focusing, IPG
strips were in-gel rehydrated with sample and equal volumes
of reducing lysis buffer made up in rehydration buffer. The
strips were run on an Amersham IPGphor IEF system with
the following running conditions: 3500 V for 21.3 hours, a
3500 to 8000 V gradient over 10 minutes in, and 8000 V
for 2 hours. For first dimension separation in the pH 6–
11 range the following protocol was employed: 80 V for 4
hours, 100 V for 2 hours, 500 V for 1.5 hours, 1000 V for
1 hour, 2000 V for 1 hour, 4000 V for 1 hour, 6000 V for 2
hours, and finally 8000 V for 2.5 hours. Following isoelectric
focusing, the IPG strips were equilibrated for 20 minutes
firstly in buffer containing 6 M urea, 30% (w/v) glycerol,
2% (w/v) SDS, 100 mM Tris-HCl, pH 8.8 with the addition
of 100 mM DTT and subsequently for 20 minutes in buffer
supplemented with 0.25 M iodoacetamide [49]. Strips were
briefly washed in sodium dodecyl sulfate-containing running
buffer (125 mM Tris, 0.96 M glycine, 0.1% (w/v) SDS) and
placed on top of 12.5% (w/v) resolving gels. To seal the strip
gels, they were overlaid with the above-described running
buffer containing 1% (w/v) agarose. The separation of the
cardiac proteins was carried out in the second dimension
by standard SDS polyacrylamide gel electrophoresis using
the DodecaCell system from Bio-Rad Laboratories (Hemel
Hempstead, Herts., UK). Slab gels contained 50μg protein
per gel. Electrophoresis was carried out overnight for
approximately 18 hours in the dark at 1.5 V per 21 cm-gel
until the Bromophenol Blue tracking dye just ran off the
gel.

2.5. Protein Visualization and Data Analysis. Fluorescent
CyDye-labelled cardiac proteins were visualized using a
Typhoon Trio variable mode imager form Amersham Bio-
sciences/GE Healthcare (Little Chalfont, Bucks., UK). For
image acquisition, Cy5- and Cy3-labelled proteins were
scanned at a wavelength of λ = 650 nm and λ =
550 nm, respectively. Photomultiplier tube (PMT) values
were optimised so that the volume of the most abundant
spot was between 80,000 and 99,000 when scanned at
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a resolution of 100μm. This guaranteed that no spot would
be saturated on the gel, therefore interfering with accurate
analysis. The Cy3 images were then analysed using Pro-
genesis SameSpots software version 3.2.3 from NonLinear
Dynamics (Newcastle upon Tyne, UK) and normalised
against their corresponding Cy5 image. Gels were aligned
to the reference image. Following detection of spots, the
gels were placed into groups (MDX versus normal) and
analysed to determine significant differences in 2D spot
abundance. An ANOVA score of 0.5 was required for spots
to be included in the subsequent analysis. Then principal
component analysis (PCA) was verified with changes dis-
playing power of <0.8 being removed from the analysis.
All remaining changed spots that met the significance
criteria were visually checked on the aligned gels to ensure
feasibility and were subsequently identified by LC-MS/MS
analysis.

2.6. Mass Spectrometric Identification of Cardiac Proteins.
Preparative gels containing 400 μg of protein (1:1 MDX
to normal) were stained with the dye Ruthenium II
Bathophenanthroline Disulfonate Chelate (RuBPs) [50].
RuBPs-stained gels were scanned at a wavelength of λ =
550 nm using the criteria outlined above. Prior to iden-
tification via LC-MS/MS technology, 2D protein spots of
interest were excised using the automated Ettan spot picker
system from Amersham Biosciences (Little Chalfont, Bucks.,
UK). Spots were digested as outlined by Shevchenko et al.
[51]. Briefly, gel pieces were destained before the addition
of 400 ng trypsin per spot, incubated for 30 minutes at 4◦C
before being digested overnight at 37◦C. 100 μL of extraction
buffer (1:2 v/v of 5% formic acid/acetonitrile) was added
to the peptides and incubated for 15 minutes at 37◦C.
All supernantant was then transferred into fresh tubes and
extracts were dried down completely in a vacuum centrifuge.
Peptides were reconstituted in 12 μL of 0.1% formic acid,
vortexed, sonicated, and the mixture was centrifuged for
20 minutes in cellulose spin filter tubes to remove any
gel particles. The remaining solution was placed into LC-
MS vials. Samples were analysed on an Agilent 6340 Ion
Trap LC mass spectrometer using electrospray ionization
(Agilent Technologies, Santa Clara, CA, USA) on a 10-
minute gradient of 5–100% acetonitrile/0.1% formic acid
with a post run of 1 minute [52]. Separation of peptides
was performed with a nanoflow Agilent 1200 series system,
equipped with a Zorbax 300 SB C18 μm, 4 mm 40 nl pre-
column. Mobile phases used were A: 0.1% formic acid, B:
90% acetonitrile and 0.1% formic acid. Samples (8μL) were
loaded onto the enrichment column with capillary flow rate
set at 4μL/min with a mix of A : B at a ratio of 19 : 1.
Elution was carried out with the nano pump flow rate set
at 0.6 μl/minute. Database searches were carried out using
Mascot MS/MS Ion search. Criterion for each search was
set at (i) species Mus musculus, (ii) two missed cleavages by
trypsin, (iii) variable modification: oxidation of methioine,
(iv) fixed modification: carboxymethylation of cysteines, and
(v) mass tolerance of precursor ions ±2Da and product ions
±1Da.

2.7. Immunoblot Analysis. In order to verify changes in the
expression of select cardiac proteins, 1-D gel electrophoresis,
Coomassie staining and immunoblotting was performed as
previously described in detail [32]. Gels were transferred
to an “iblot” transfer unit from Invitrogen (Carlsbad, CA,
USA) for semi-dry blotting. Electrophoretic transfer was
carried out for 6 min. Blocking of nitrocellulose sheets was
achieved with a milk protein solution (5% (w/v) fat-free milk
powder in 0.9% (w/v) NaCl, 50 mM sodium phosphate, pH
7.4) for 1 hour. Incubation with sufficiently diluted primary
antibody was carried out overnight with gentle agitation.
Nitrocellulose sheets were washed and then incubated for
1 hour with secondary peroxidase-conjugated antibodies,
diluted in blocking solution. Immuno-decorated bands were
visualized by the enhanced chemiluminescence method
using BM Chemiluminescence Blotting substrate from Roche
Diagnostics (Mannheim, Germany). Densitometric scanning
of immunoblots was performed on a Molecular Dynamics
300 S computing densitometer (Sunnyvale, CA, USA) with
ImageJ (NIH, USA) and GraphPad Prism (San Diego, CA,
USA) software.

2.8. Confocal Microscopy. For the localization of nuclei,
mitochondria and select marker proteins, confocal micro-
scopy was used as previously described in detail [45].
Normal and dystrophic MDX hearts were mounted on
cyrocassettes at −20◦C and transverse cryosections of 10 μm
thickness were cut on a Shandon Cryotome (Life Sciences
International, Cheshire, UK). Unfixed tissue sections were
transferred to Superfrost Plus positively-charged microscopy
slides. For labeling of mitochondria, freshly cut tissue
sections were incubated with a 1 : 100 diluted solution
of MitoTracker Red Chloromethyl-X-Rosamine (CMXRos)
dye for 30 minute, briefly washed in phosphate-buffered
saline and then immediately examined by microscopy [53].
CMXRos is a well-established lipophilic cationic fluorescent
dye that is highly specific for mitochondria [54] and is
routinely used to measure mitochondrial function and
morphology in cell culture and in whole tissues [55]. For
immunofluorescence microscopy, cryosections were briefly
fixed in ice-cold acetone for 5 minutes, followed by sub-
mersion in blocking solution (0.2% (w/v) bovine serum
albumin, 0.2% (v/v) Triton X-100, and 2.5% (v/v) goat
serum in phosphate-buffered saline) for 30 minute, and
then incubated with primary antibodies diluted in 0.2%
(w/v) bovine serum albumin and 0.2% (v/v) Triton X-100
in phosphate-buffered saline for 4 hours. Tissue sections
were washed twice for 30 minute in above solution omitting
antibodies and then labelled with secondary antibodies for
1 hour, followed by the above described washing procedure.
In order to determine the number of nuclei in normal
versus MDX hearts, cardiac tissue sections were labelled with
1μg/ml diamidino-phenylindole (DAPI) for 30 minute. One
drop of p-phenylenediamine (PPD)-glycerol was applied to
the immuno-decorated tissue sections and then coverslips
carefully placed over the sections, avoiding the introduction
of air bubbles. Fluorescent labelling patterns were visualised
with an Olympus IX81 microscope (Olympus Life and
Material Science Europe, Hamburg, Germany).
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3. Results

3.1. Comparative Proteomic Profiling of MDX Versus Normal
Heart Muscle. In contrast to non-fluorescent protein dye
methodology, comparative studies using fluorescent CyDyes
have an enhanced dynamic range of protein coverage [39].
DIGE analysis represents a highly accurate quantitative
technique that enables multiple protein samples to be
separated on the same two-dimensional gel. This reduces
the introduction of potential artifacts due to gel-to-gel
variations, making comparative DIGE approaches one of the
most powerful analytical tools for conducting comparative
biomedical investigations [40]. In order to determine global
changes in the heart due to deficiency in the dystrophin
isoform Dp427, we have carried out a DIGE analysis of
crude tissue extracts from 9-month old normal versus age-
matched dystrophic MDX mice. Due to the high cost of
breeding and maintaining mice to old age, as well as the
considerable cost of fluorescent tagging of large protein
populations, the number of biological repeats and analytical
DIGE gels was kept to a minimum. In order to satisfy
the statistical requirements for the generation of proper
proteomic data sets and perform an optimized DIGE analysis
of normal versus affected proteomes, we have followed the
recommendations by Urfer et al. [56] and Karp and Lilley
[48], respectively. In the first dimensional separation step via
isoelectric focusing, both a pH 4–7 and a pH 6–11 range were
employed to cover as many cardiac proteins with differing
charges as possible. Figure 1 illustrates the neutral and the
more acidic range of protein species and Figure 2 shows the
separation of neutral and more basic heart proteins. Shown
are representative two-dimensional gels of Cy3-labelled nor-
mal muscle (Figure 1(a); Figure 2(a), Cy3-labelled dystrophic
muscle (Figure 1(c); Figure 2(c) and corresponding Cy5-
labelled pooled standards (Figures 1(b),1(d); Figures 2(b),
2(d), which were analysed with the help of a Typhoon Trio
variable imager and Progenesis 2D analysis software. Overall,
2509 distinct protein species were recognized on the lower
and higher pH-range gels. Recently Raddatz et al. [57] have
catalogued the soluble murine heart protein complement.
The protein spot pattern presented here agrees in large parts
with their comprehensive 2D proteomic map of cardiac
tissue. Out of 2048 detectable protein spots on the pH 4–7
gels and 487 detectable protein spots on pH 6–11 gels, 79
protein spots showed a drastic differential expression pattern,
with 3 proteins being increased and 26 distinct protein
species being decreased. Electrospray ionization MS/MS
analysis was carried out to unequivocally identify the cardiac
proteins with a changed abundance in dystrophic heart
fibres.

3.2. DIGE Analysis of the Dystrophin-Deficient Heart. A list
of the cardiac protein species with a drastically altered
expression level in dystrophic MDX tissue is shown in
Table 1. The information on the 79 DIGE-identified protein
spots combine data from both pH 4–7 and pH 6–11 gels
and contain the spot number, protein name, protein ID,
number of matched peptides, percentage sequence coverage,
the relative molecular mass, pI-value, Mascot score and

fold-change of individual proteins affected by deficiency
in dystrophin. Since the MS-based analysis identified a
large number of matched peptide sequences, these data
are not shown. The majority of identified cardiac proteins
belonged to the main classes of metabolic or contractile
proteins. Components of the actomyosin apparatus, enzy-
matic and regulatory elements of mitochondria, glycolytic
enzymes, metabolic transporters, cellular stress proteins
and cytoskeletal components were clearly identified by MS
analysis. Cardiac proteins with a dystrophy-related change in
abundance ranged in molecular mass from apparent 14 kDa
to 90 kDa and covered a pI-range from approximately 5
to 9. DIGE Cy5 master gels of both the pH 4–7 and the
pH 6–11 range are shown in Figure 3(a), 3(b), so that it
is possible to correlate MS-identified protein species, listed
in Table 1, with distinct two-dimensional spots of altered
density in the dystrophic heart. An increased expression
level was shown for 3 cardiac proteins, that is, nucleoside
diphosphate kinase B (spot 1), the nuclear lamina matrix
protein lamin A/C (spot 2), and a component of the
electron-transferring flavoprotein dehydrogenase (spot 3).
All other identified protein species exhibited a decreased
abundance in dystrophin-deficient myocardial tissue. These
cardiac proteins are marked and numbered 4 to 79 in the
Cy5-labelled master gels of Figure 3. The protein species
with the highest decrease in concentration was identified
as the anti-oxidant enzyme peroxiredoxin-6 (spot 79). In
addition, mitochondrial ATP synthase (spots 50, 55, 69, 72,
73, 74, 77), isocitrate dehydrogenase (spot 38, 42), NADH
dehydrogenase (spot 40), pyruvate dehydrogenase (spots 11,
14, 15, 20, 25, 34), isovaleryl-CoA dehydrogenae (spots 8,
19), dienoyl-CoA isomerase (spot 17), oxoglutarate dehy-
drogenase (spot 7), prohibitin (spot 6), electron-transferring
flavoprotein (spots 5, 17), myozenin-2 (spot 4), voltage-
dependent anion-selective channel protein VDAC1 (spot
41), the slow/cardiac isoform of myosin light chain MLC2
(spots 26, 48, 62, 65, 70, 78), myosin light chain MLC3
(spots 53, 61, 76), cardiac alpha-actin (spots 21, 39, 45, 46,
56, 60, 64, 66, 67, 71, 75), alpha-1 tropomyosin (spots 35,
59), adenylate kinase AK1 (spot 68), creatine kinase (spot
16), cytochrome c oxidase (spots 22, 51), cytochrome b-
c complex (spots 10, 30, 57, 63), desmin (spot 43, 47, 52,
54, 58), vimentin (spots 12, 23), cardiac fatty acid binding-
protein FABP-3 (spots 27, 33, 49), heat shock protein Hsp27
(spot 18), heat shock protein Hsp60 (spots 31, 37, 44),
enolase (spots 13, 28, 32), DJ-1 protein (spot 29), valsolin-
containing protein VCP (spot 24), and albumin (spot 9)
were identified. The results for 2 decreased protein spots
have not been included in Table 1, since only 1 matched
peptide per cardiac protein could be determined by MS
analysis. It is international standard that proteomic studies
only list proteins with sequence coverage of less than 10%
when at least 2 separate matched peptide sequences are
available for an independent identification. The peptide
sequences LGANSLLDLVVFGR (2% sequence coverage)
and LTFDSSFSPNTGK (4% sequence coverage) identified
the nonlisted cardiac proteins as succinate dehydrogenase
(73.6 kDa; pI 7.1) and porin isoform VDAC1 (32.5 kDa; pI
8.6), respectively.
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Figure 1: 2D gel electrophoretic analysis of the dystrophic heart using the pH 4–7 range. Shown are Cy3-labelled gels of the soluble fraction
from normal (a) and dystrophic MDX (c) cardiac muscle, as well as Cy5-labelled gels containing pooled standards ((b), (d)). Representative
fluorescent DIGE gels with electrophoretically separated proteins are shown for the pH 4–7 range. The pH-values of the first dimension gel
system and molecular mass standards (in kDa) of the second dimension are indicated on the top and on the left of the panels, respectively.

3.3. Decreased Proteins in Dystrophic Heart Muscle. To illus-
trate representative examples of key cardiac proteins with
a drastically decreased expression in dystrophin-deficient
fibres, enlarged images of DIGE-identified protein spots are
shown in Figure 4. The direct comparison of fluorescently
labeled 2-D protein spots, which have been unequivocally
identified by mass spectrometric analysis (Table 1), shows the
cytosolic AK1 isoform of adenylate kinase, the mitochondrial
proteins ATPase synthase, porin isoform VDAC1, isocitrate
dehydrogenase, succinate dehydrogenase, and prohibitin, as
well as DJ1-protein, the stress protein Hsp60 and myosin
light chain isoform MLC2. A large proportion of the cardiac
proteins identified in this study by DIGE analysis belong to
the contractile apparatus, the cellular stress response and the
cytoskeletal network, as well as mitochondrial metabolism
including oxidative phosphorylation, the citric acid cycle and
fatty acid transportation.

3.4. Immunoblot Analysis of Dystrophic Heart Muscle. Pre-
vious studies have clearly shown that the deficiency in
dystrophin triggers a drastically reduced concentration of

the dystrophin-associated α/β-dystroglycan complex in the
MDX heart [32]. Immunoblotting has established dis-
tinct alterations down-stream of the cardiac dystrophin-
glycoprotein complex, such as the reduction in the luminal
Ca2+-binding proteins calsequestrin and sarcalumenin [33].
In analogy, we employed Western blotting here to verify
the results of our DIGE analysis by immuno-decoration
analysis of a select group of cardiac proteins. In this respect,
it is important to stress that the mass spectrometry-based
proteomic analysis of individual 2D spots identifies changes
in distinct subspecies of proteins and not alterations in the
total population of a protein isoform. The recent large-
scale cataloguing of the heart proteome has shown that
cardiac tissues contain thousands of different protein species,
whereby many proteins are represented by a large number
of distinct 2D-spots in analytical gels [57–59]. It is one
of the great advantages of modern proteomics that this
analytical approach can differentiate between differently
charged or sized subspecies of individual proteins. Since 1D
immunoblotting or immunofluorescence microscopy often
do not recognize all forms of a specific protein due to
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Table 1: List of DIGE-identified proteins with a changed abundance in 9-month old dystrophic MDX heart muscle.

Spot No. Protein name Protein ID
Peptides
matched

Coverage
(%)

Molecular
mass (kDa)

Isoelectric
point (pI)

Mascot score Fold change

1
Nucleoside

diphosphate
kinase B

NDKB MOUSE 4 34 17.5 6.9 69 4.4

2 Lamin-A/C LMNA MOUSE 4 6 74.5 6.5 111 1.9

3

Electron transfer
flavoprotein-
ubiquinone

oxidoreductase,
mitochondrial

ETFD MOUSE 8 15 68.9 7.3 45 1.8

4 Myozenin-2 MYOZ2 MOUSE 4 20 29.8 8.5 145 0.67

5

Electron transfer
flavoprotein subunit

alpha,
mitochondrial

ETFA MOUSE 2 12 35.3 8.6 89 0.67

6 Prohibitin PHB MOUSE 8 41 29.9 5.6 290 0.67

7

Dihydrolipoyllysine-
residue

succinyltransferase
component of
2-oxoglutarate
dehydrogenase

complex,
mitochondrial

ODO2 MOUSE 3 6 49.3 9.1 86 0.63

8
Isovaleryl-CoA
dehydrogenase,
mitochondrial

IVD MOUSE 7 23 46.7 8.5 89 0.59

9 Serum albumin ALBU MOUSE 3 5 70.7 5.8 82 0.59

10

Cytochrome b-c1
complex subunit

Rieske,
mitochondrial

UCRI MOUSE 4 13 29.6 8.9 84 0.56

11

Dihydrolipoyllysine-
residue

acetyltransferase
component of

pyruvate
dehydrogenase

complex,
mitochondrial

ODP2 MOUSE 10 20 68.5 8.8 117 0.53

12 Vimentin VIME MOUSE 11 20 53.7 5.1 118 0.53

13 Beta-enolase ENOB MOUSE 8 19 47.3 6.7 111 0.50

14

Pyruvate
dehydrogenase E1

component subunit
beta, mitochondrial

ODPB MOUSE 8 31 39.3 6.4 279 0.50

15

Pyruvate
dehydrogenase E1

component subunit
beta, mitochondrial

ODPB MOUSE 3 19 39.3 6.4 134 0.50

16 Creatine kinase
M-type

KCRM MOUSE 2 4 43.3 6.6 47 0.50

17

Delta(3,5)-
Delta(2,4)-dienoyl-

CoA isomerase,
mitochondrial

ECH1 MOUSE 4 24 36.4 7.6 201 0.50
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Table 1: Continued.

Spot No. Protein name Protein ID
Peptides
matched

Coverage
(%)

Molecular
mass (kDa)

Isoelectric
point (pI)

Mascot score Fold change

18 Heat shock protein
beta-1 Hsp27

HSPB1 MOUSE 2 8 23.1 6.1 50 0.50

19
Isovaleryl-CoA
dehydrogenase,
mitochondrial

IVD MOUSE 7 17 46.7 8.5 98 0.50

20

Pyruvate
dehydrogenase

protein X
component,

mitochondrial

ODPX MOUSE 5 11 54.3 7.6 63 0.48

21 Actin, alpha cardiac
muscle 1

ACTC MOUSE 6 19 42.3 5.2 104 0.48

22
Cytochrome c

oxidase subunit 5B,
mitochondrial

COX5A MOUSE 2 14 14.1 8.7 52 0.48

23 Vimentin VIME MOUSE 13 27 53.7 5.1 122 0.48

24

Transitional
endoplasmic

reticulum ATPase
(valosin-containing

protein VCP)

TERA MOUSE 5 10 89.9 5.1 171 0.46

25

Pyruvate
dehydrogenase E1

component subunit
beta, mitochondrial

ODPB MOUSE 4 14 39.3 6.4 100 0.44

26

Myosin regulatory
light chain 2,

ventricular/cardiac
muscle isoform

MLRV MOUSE 9 52 18.9 4.9 209 0.44

27
Fatty acid-binding

protein FABP-3,
heart

FABPH MOUSE 5 37 14.8 6.1 149 0.44

28 Enolase 1, alpha ENOA MOUSE 2 3 47.5 6.4 43 0.44

29 DJ-1 protein PARK7 MOUSE 4 26 20.2 6.3 90 0.44

30 Cytochrome b-c1
complex

QCR1 MOUSE 6 17 53.4 5.8 83 0.44

31
60 kDa heat shock

protein, Hsp60,
mitochondrial

CH60 MOUSE 2 6 61.1 5.9 63 0.42

32 Beta-enolase ENOB MOUSE 3 7 47.3 6.7 92 0.42

33
Fatty acid binding
protein, FABP-3,

heart
FABPH MOUSE 7 52 14.8 6.1 162 0.42

34

Pyruvate
dehydrogenase

protein X
component,

mitochondrial

ODPX MOUSE 2 4 54.3 7.6 66 0.42

35 Tropomyosin
alpha-1 chain

TPM1 MOUSE 15 43 32.7 4.7 302 0.40

36

Electron transfer
flavoprotein subunit

alpha,
mitochondrial

ETFA MOUSE 8 33 35.3 8.6 235 0.40
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Table 1: Continued.

Spot No. Protein name Protein ID
Peptides
matched

Coverage
(%)

Molecular
mass (kDa)

Isoelectric
point (pI)

Mascot score Fold change

37
60 kDa heat shock

protein, Hsp60,
mitochondrial

CH60 MOUSE 12 32 61.1 5.9 346 0.40

38

Isocitrate
dehydrogenase
[NAD] subunit

alpha,
mitochondrial

IDH3A MOUSE 9 29 40.1 6.3 164 0.40

39 Actin, alpha cardiac
muscle 1

ACTC MOUSE 12 31 42.3 5.2 317 0.39

40

NADH
dehydrogenase
[ubiquinone]
flavoprotein 2,
mitochondrial

NDUV2 MOUSE 6 29 27.6 7.0 370 0.39

41

Voltage-dependent
anion-selective
channel protein

VDAC1

VDAC1 MOUSE 10 29 32.5 8.6 292 0.39

42

Isocitrate
dehydrogenase
[NAD] subunit

alpha,
mitochondrial

IDH3A MOUSE 13 39 40.1 6.3 376 0.39

43 Desmin DESM MOUSE 30 50 53.5 5.2 1184 0.39

44
60 kDa heat shock

protein, Hsp60,
mitochondrial

CH60 MOUSE 25 38 61.1 5.9 842 0.37

45 Actin, alpha cardiac
muscle 1

ACTC MOUSE 10 26 42.3 5.2 276 0.36

46 Actin, alpha cardiac
muscle 1

ACTC MOUSE 4 14 42.3 5.2 88 0.36

47 Desmin DESM MOUSE 15 37 53.5 5.2 349 0.36

48
Myosin regulatory
light chain 2, atrial

isoform
MLRA MOUSE 9 57 19.6 4.8 299 0.36

49
Fatty acid-binding
protein, FABP-3,

heart
FABPH MOUSE 12 61 14.8 6.1 425 0.35

50
ATP synthase
subunit beta,

mitochondrial
ATPB MOUSE 18 40 56.3 5.2 1093 0.35

51 Cytochrome c
oxidase subunit 5A

COX5A MOUSE 7 28 16.3 6.1 286 0.35

52 Desmin DESM MOUSE 26 62 53.5 5.2 1657 0.35

53 Myosin light chain 3 MYL3 MOUSE 6 41 22.5 5.0 90 0.35

54 Desmin DESM MOUSE 12 30 53.5 5.2 431 0.33

55
ATP synthase

subunit d,
mitochondrial

ATP5H MOUSE 3 21 18.8 5.5 48 0.33

56 Actin, alpha cardiac
muscle 1

ACTC MOUSE 16 40 42.3 5.2 598 0.32

57 Cytochrome b-c1
complex

QCR1 MOUSE 12 27 53.4 5.8 330 0.32
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Table 1: Continued.

Spot No. Protein name Protein ID
Peptides
matched

Coverage
(%)

Molecular
mass (kDa)

Isoelectric
point (pI)

Mascot score Fold change

58 Desmin DESM MOUSE 36 68 53.5 5.2 1289 0.32

59 Tropomyosin
alpha-1 chain

TPM1 MOUSE 21 46 32.7 4.7 605 0.32

60 Actin, alpha cardiac
muscle 1

ACTC MOUSE 18 59 42.3 5.2 450 0.31

61 Myosin light chain 3 MYL3 MOUSE 11 63 22.5 5.0 231 0.30

62

Myosin regulatory
light chain 2,

ventricular/cardiac
muscle isoform

MLRV MOUSE 13 73 18.9 4.9 118 0.29

63 Cytochrome b-c1
complex

QCR1 MOUSE 12 31 53.4 5.8 342 0.29

64 Actin, alpha cardiac
muscle 1

ACTC MOUSE 7 36 42.3 5.2 160 0.29

65

Myosin regulatory
light chain 2,

ventricular/cardiac
muscle isoform

MLRV MOUSE 7 46 18.9 4.9 354 0.29

66 Actin, alpha cardiac
muscle 1

ACTC MOUSE 4 24 42.3 5.2 91 0.28

67 Actin, alpha cardiac
muscle 1

ACTC MOUSE 17 62 42.3 5.2 294 0.27

68 Adenylate kinase
isoenzyme 1

KAD1 MOUSE 5 31 21.6 5.7 174 0.26

69
ATP synthase
subunit beta,

mitochondrial
ATPB MOUSE 4 21 56.3 5.2 92 0.26

70 Myosin regulatory
light chain 2

MLRA MOUSE 6 47 19.6 4.8 168 0.25

71 Actin, alpha cardiac
muscle 1

ACTC MOUSE 18 61 42.3 5.2 302 0.25

72
ATP synthase

subunit d,
mitochondrial

ATP5H MOUSE 5 36 18.8 5.5 69 0.25

73
ATP synthase
subunit beta,

mitochondrial
ATPB MOUSE 18 51 56.3 5.2 640 0.25

74
ATP synthase
subunit beta,

mitochondrial
ATPB MOUSE 25 71 56.3 5.2 1102 0.25

75 Actin, alpha cardiac
muscle 1

ACTC MOUSE 6 16 42.3 5.2 119 0.25

76 Myosin light chain 3 MYL3 MOUSE 6 30 22.5 5.0 99 0.25

77
ATP synthase
subunit beta,

mitochondrial
ATPB MOUSE 24 70 56.3 5.2 871 0.24

78
Myosin light chain

2,
ventricular/cardiac

MLRV MOUSE 11 77 18.9 4.9 206 0.24

79 Peroxiredoxin-6 PRDX6 MOUSE 3 19 24.9 5.7 102 0.19
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Figure 2: 2D gel electrophoretic analysis of the dystrophic heart using the pH 6–11 range. Shown are Cy3-labelled gels of the soluble fraction
from normal (a) and dystrophic MDX (c) cardiac muscle, as well as Cy5-labelled gels containing pooled standards ((b), (d)). Representative
fluorescent DIGE gels with electrophoretically separated proteins are shown for the pH 6–11 range. The pH-values of the first dimension gel
system and molecular mass standards (in kDa) of the second dimension are indicated on the top and on the left of the panels, respectively.

a lack of antibody specificity, proteomic findings on an
individual 2D protein spot sometimes do not correlate
fully with the findings from biochemical or cell biological
analyses of total protein cohorts. These apparent differences
in the fate of individual subspecies of a protein versus the
total protein population probably reflect the complexity of
disease-related changes in the cardiac proteome. Figure 5(a)
shows a Coomassie-stained gel of crude preparations from
normal and dystrophic hearts and illustrates that no major
differences exist in the overall protein expression levels
between the two different phenotypes. The immunoblot
analysis of laminin, desmin, the slow/cardiac myosin heavy
chain and succinate dehydrogenase revealed no major dif-
ferences in the concentration of these abundant cardiac
proteins in normal versus MDX specimens (Figures 5(b)–
5(d) and 5(g)). In contrast, immunoblotting of the enzyme
adenylate kinase AK1, the fatty acid transporter FABP3,
isocitrate dehydrogenase, ATP synthase and porin isoform
VDAC1 showed a reduced abundance in MDX preparations
(Figures 5(e), 5(f), 5(h)–5(j)). Figure 6 summarizes the

statistical evaluation of the immunoblot survey in a graphical
presentation. The reduced expression of adenylate kinase
isoform AK1, fatty acid binding protein FABP3, isocitrate
dehydrogenase ICDH, porin isoform VDAC1, and ATP
synthase was found to be statistically significant, while the
concentration of desmin, myosin heavy chain and succinate
dehydrogenase was shown not to be significantly different
between normal and dystrophic preparations. Thus the
overall isoform population of succinate dehydrogenase and
desmin does not appear to be reduced in dystrophinopathy,
although the above-described DIGE analysis showed a lower
level of distinct subspecies of these cardiac elements. In gen-
eral, the immunoblotting results support the main findings
from our DIGE analysis of normal versus dystrophic heart
tissue and demonstrate independently that the deficiency in
dystrophin has a profound effect on the expression pattern of
the cardiac protein complement.

3.5. Immunofluorescence Analysis of Dystrophic Heart Muscle.
Since the DIGE analysis of the normal versus the dystrophic
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Figure 3: DIGE analysis of normal versus dystrophic MDX cardiac muscle. Shown are Cy5-labelled master gels of the soluble fraction
from mouse heart muscle, covering both the pH 4–7 (a) and pH 6–11 (b) range. Protein spots with a drastically different expression level
are marked by circles and are numbered 1 to 79. See Table 1 for a detailed listing of cardiac muscle proteins with a changed abundance in
dystrophin-deficient tissue. The pH-values of the first dimension gel system and molecular mass standards (in kDa) of the second dimension
are indicated on the top and on the left of the panels, respectively.

MDX heart has revealed changes in a variety of mitochon-
drial components, it was important to determine whether
this alteration was due to a reduced number of mitochondria
in the dystrophic heart or internal abundance changes in
the mitochondrial protein complement. Figure 7 shows
representative results from an immunofluorescence survey of
mitochondrial content, nuclei and cardiac marker proteins
in dystrophic tissue. Cryosections of MDX tissue showed a
complete absence of the dystrophin isoform Dp427 (Figures
7(c), 7(d)), confirming the mutant status of the dystrophic
hearts used in this study. DAPI staining revealed 229± 6
and 270±18 nuclei per examined tissue section in normal
versus dystrophic tissue sections, respectively (Figures 7(a),
7(b)). The slight increase of nuclei in MDX preparations
was not statistically significant (n = 4). Thus the proteomic
finding of a dystrophy-dependent increase in lamin-A/C is
therefore not directly related to a drastic change in the
number of nuclei per cardiac tissue unit. Fluorescent labeling
of mitochondria with the MitoTracker dye CMXRos showed
a characteristic internal staining pattern in cardiac fibres
(Figures 7(e)–7(h)). Fluorescent intensity values of 1470±36
and 1384 ± 40 for normal versus MDX preparations were
found not to be significantly different (n = 4). Hence,
lower levels of mitochondrial enzymes do not seem to be a
consequence of a drastic decrease in mitochondrial density in
the dystrophic MDX heart. In addition, confocal microscopy
was employed for the localization of cardiac marker proteins.
The immunofluorescence labeling of desmin (Figures 7(i)–
7(l)), prohibitin (Figures 7(m)–7(p)) and succinate dehy-
drogenase (Figures 7(q)–7(t)) was shown to be comparable
between control and pathological samples. The microscop-
ical localization of desmin and succinate dehydrogenase
revealed unexpectedly not a decrease of these proteins in
dystrophic tissue sections, as found by DIGE analysis. Hence,

although distinct subspecies of certain cardiac proteins are
affected in X-linked muscular dystrophy as determined by
mass spectrometry-based proteomics, the overall isoform
complement of these elements is not drastically altered. This
indicates that no major differences exist in the expression
levels of desmin-containing intermediate filament structures
and the population of cardiac mitochondria in normal versus
dystrophin-deficient cells.

4. Discussion

In order to enhance our knowledge of the molecular
pathogenesis of cardiomyopathy linked to X-linked muscular
dystrophy, a detailed proteomic profiling of the dystrophic
heart was carried out. The biochemical establishment of a
comprehensive disease-specific biomarker signature for X-
linked muscular dystrophy is crucial for (i) the development
of superior diagnostic methods, (ii) the identification of
new therapeutic targets to address cellular alterations down-
stream of the primary abnormality in dystrophin, and (iii)
the evaluation of new treatment approaches to counter-
act the various pathological aspects of dystrophinopathy
[41]. The proteomic profiling of MDX skeletal muscle
has recently established altered expression levels of soluble
proteins involved in nucleotide metabolism, Ca2+-handling
and the cellular stress response [42–45]. The mass spec-
trometric analysis of experimental exon skipping therapy
revealed a partial reversal of dystrophic changes in these
new signature molecules [60], illustrating the potential of
proteomic technology to decisively enhance the capabilities
of biomedical research into the molecular mechanisms that
underlie neuromuscular disorders. In contrast to skeletal
muscle, very little is known about the global pathobiochem-
ical mechanisms that lead to cardiac complications in the
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Figure 4: Decreased expression of key proteins in the dystrophin-deficient MDX heart. Shown are expanded views of 2-D gels of normal
versus dystrophic MDX heart tissue. Shown are the AK1 isoform of adenylate kinase, ATP synthase, DJ1-protein, fatty acid binding protein
FABP3, porin isoform VDAC1, stress protein Hsp60, isocitrate dehydrogenase (ICDH), myosin light chain MLC2, succinate dehydrogenase
(SDH) and prohibitin. The position of 2-D spots representing distinct mitochondrial proteins is indicated by arrowheads on the right.

dystrophin-deficient organism. Here, we have successfully
applied the fluorescent DIGE method to the large-scale
analysis of the dystrophic heart. MS-based proteomics clearly
revealed a drastic decrease in key metabolic, regulatory
and contractile proteins, as well as components of the
cytoskeleton and the cellular stress response. The pie chart
of Figure 8 summarizes the apparent functions of DIGE-
identified proteins with a differential expression in normal
versus dystrophin-deficient heart muscle.

The DIGE analysis presented here showed a moder-
ate increase in lamin-A/C, which might improve nuclear
stability, chromatin structure and gene expression in the
dystrophic heart. Since comparative DAPI staining indicates
comparable numbers of nuclei in normal versus dystrophic
fibres, tissue scarring is probably not responsible for an
increase in the number of nuclei per tissue unit. Therefore,
the elevated lamin concentration does not appear to be
associated with increased numbers of nuclei. Cardiac lamins

make up the matrix that is located close to the inner nuclear
membrane. Interestingly their deficiency causes familial
dilated cardiomyopathy [61]. The only drastic increase in
a cardiac protein was the 4-fold change in the expression
of nucleoside diphosphate kinase B. Nucleoside diphosphate
kinases are key regulatory enzymes involved in intracellular
di- and tri-phosphonucleoside homeostasis. Their cellular
functions are critical for signaling, proliferation, differenti-
ation and bioenergetics [62], which suggests that the up-
regulation of one of their isoforms could be considered a
counter measure of the dystrophin-deficient heart to stabilize
essential cellular functions in severely stressed muscle cells.
In contrast to the 4-fold increase in nucleoside diphosphate
kinase, our proteomic screening demonstrated a massive
decrease in a variety of cardiac proteins in the MDX
heart. The dystrophinopathy-associated loss in numerous
key proteins, which belong to different cellular pathways
and functions in the heart, agrees with the severity of the
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Figure 5: Immunoblotting survey of cardiac proteins in dystrophic tissue. Shown is a Coomassie-stained gel (a) and corresponding
immunoblots with expanded views of immuno-decorated bands ((b)–(j)). Immunoblotting was performed with antibodies to laminin
(b), desmin (c), slow/cardiac myosin heavy chain ((d); MHCs), adenylate kinase isoform AK1 (e), porin isoform VDAC1 (f), succinate
dehydrogenase ((g); SDH), fatty acid binding protein FABP3 (h), isocitrate dehydrogenase ((i); ICDH), and ATP synthase (j). See Figure 6
for the statistical evaluation of this immunoblotting survey of cardiac proteins. Molecular mass standards (in kDa) are indicated on the left
of panel (a). Lanes 1 and 2 represent normal and dystrophic muscle extracts from control and MDX mice, respectively.
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Figure 6: Graphical presentation of the immunoblot analysis of cardiac marker proteins in dystrophic tissue. Shown is the graphical
presentation of the statistical evaluation of immuno-decoration using antibodies to adenylate kinase isoform AK1 (a), fatty acid binding
protein FABP3 (b), isocitrate dehydrogenase ICDH (c), porin isoform VDAC1 (d), ATP synthase (e), desmin (f), slow/cardiac myosin heavy
chain MHCs (G) and succinate dehydrogenase SDH (H). The comparative blotting was statistically evaluated using an unpaired Student’s
t-test (n = 5; ∗P < .05; ∗∗P < .01). The concentration of desmin, myosin heavy chain and succinate dehydrogenase was found not to be
significantly different between normal and dystrophic preparations. Lanes 1 and 2 represent normal and dystrophic muscle extracts from
control and MDX mice, respectively.

cardiomyopathic complications observed in aged MDX mice
and DMD patients [13–15].

Key proteins involved in cardiac contraction, cytoskeletal
integrity, nucleotide metabolism, cellular stress response,
mitochondrial metabolism, and fatty acid transportation
were shown to be affected by a deficiency in cardiac
dystrophin. Interestingly, Braun et al. [63] could show an
altered integration of mitochondria and ATPases in slow-
twitching MDX muscles. The coupling between mitochon-
drial creatine kinase and the adenine nucleotide translocase
system appears to be weakened in dystrophin-deficient fibres.
This seems to result in a rearrangement of intracellular
energy transfer in dystrophic muscle [63]. The 6-fold
decrease in peroxiredoxin-6 may have drastic consequences
for the capability of the dystrophic heart to counter-act the
detrimental effects of stressors. Peroxiredoxin-6 is a crucial
enzyme that protects cells from oxidative stress [64]. In
analogy to the reduced concentration of this antioxidant
enzyme in cardiac MDX tissue, the decrease in the small
heat shock protein Hsp27, as well as Hsp60 and DJ-1
protein, also agrees with an impaired cellular stress response
in muscular dystrophy-associated cardiomyopathy. Small
heat shock proteins provide crucial chaperone function in
striated muscles and are upregulated in the heart following

exercise training [65]. An impaired stress response could
result in the detrimental aggregation of misfolded proteins
causing cellular dysfunction in the dystrophic heart. The
dystrophinopathy-associated decrease in valsolin-containing
protein VCP might also impair cardiac function. VCP
belongs to the AAA-ATPase superfamily and is involved in
various cellular functions such as membrane fusion and cell-
cycle control, as well as protein degradation through the
ubiquitin-proteasome pathway [66].

The DIGE analysis of the MDX heart presented here has
clearly shown a severely altered concentration of numerous
key players involved in cardiac contraction and cytoskeletal
organization. In contrast to comparable levels of myosin
heavy chain, other critical contractile proteins are affected
by the lack of dystrophin. The biomolecules that form
the thick and thin filaments of the basic contractile units
exist in a complex arrangement of myosin heavy chains,
myosin light chains, and actins. Muscle myosin consists
of a hexameric arrangement that is formed by two heavy
chains and two pairs of myosin light chains. Changes in
myosin light chains have been implicated in severe cardiac
impairments, such as familial hypertrophic cardiomyopathy
[67]. Hence, the reduction in the cardiac isoform of myosin
light chain MLC2, myosin light chain MLC3, and cardiac
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Figure 7: Immunofluorescence survey of mitochondrial content, nuclei and cardiac marker proteins in dystrophic tissue. Confocal
microscopy was used for the localization of nuclei, mitochondria and cellular markers in normal ((a), (c), (e), (g), (i), (k), (m), (o), (q),
(s)) versus dystrophic MDX ((b), (d), (f), (h), (j), (l), (n), (p), (r), (t)) heart cryosections. Shown is labeling of nuclei with the DNA binding
dye DAPI ((a), (b)), visualization of mitochondria with the red-fluorescent MitoTracker dye CMXRos ((e)-(h)), and antibody labeling of
full-length dystrophin isoform Dp427 ((c), (d)), desmin DES ((i)-(l)), prohibitin PRO ((m)-(p)) and succinate dehydrogenase SDH ((q)-
(t)). The number of nuclei and the labeling of mitochondria with the MitoTracker dye CMXRos were found not to be significantly different
between normal and dystrophic preparations. The bars in panels (a) to (t) equal 30 μm.

alpha-actin might have a severe impact on the contractile
apparatus in the dystrophic heart. Contractile weakness
observed in dystrophinopathy could be directly related to
the altered concentration of myosin light chains and actin.
Cardiac muscle cells are activated by Ca2+-binding to TnC-
subunit of troponin and is regulated by the interactions of
tropomyosin and troponin in the thin filament. Thus, the
observed reduction of alpha-1 tropomyosin in the MDX
heart might also be of pathophysiological significance. Since
the molecular coupling between the myosin head structure
and actin filaments, in the presence of ATP, represents

the major step that underlies the sliding of thin filaments
past thick filaments, abnormal concentrations of regulatory
proteins may result in impaired patterns of sarcomeric
shortening.

In addition, a close connection exists between the con-
tractile apparatus, the membrane-associated actin network
and the cytoskeleton. Intermediate filaments are of crucial
importance for the mechanical integrity and elasticity of
contractile fibres. Although proteomics showed that the
expression levels of distinct subspecies of desmin were
reduced in dystrophic preparations, confocal microscopy
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Figure 8: Overview of biological functions of DIGE-identified proteins with an altered expression in dystrophic heart muscle. The pie
chart summarizes the apparent functions of DIGE-identified proteins with a differential expression in normal versus dystrophin-deficient
MDX heart muscle. A large proportion of these affected proteins belong to cardiac mitochondria including metabolic elements of oxidate
phosphorylation, the citric acid cycle and fatty acid transportation, as well as proteins associated with the contractile apparatus, the cellular
stress response, and the cytoskeletal network.

and immunoblotting revealed that the overall population
of desmin isoforms is comparable between normal and
MDX heart. However, the deficiency in cardiac dystrophin
appears to trigger a concomitant reduction in the density
of myozenin-2 and vimentin. Myozenin-2 belongs to the
calsarcin family of proteins, a new type of sarcomeric
calcineurin-binding protein [68]. Vimentin is a crucial
intermediary filament protein and plays a key role in
cytoskeletal network formation. The abnormal expression
levels of these proteins might therefore cause disturbed
interfilament interactions and impaired cystoskeletal arrays,
thereby causing cellular instability in the dystrophic heart.

One of the most important findings of this mass
spectrometry-based proteomic study is the drastically
reduced concentration of numerous mitochondrial proteins
and metabolic transporters. Since mitochondria represent
the primary site for energy generation via oxidative phos-
phorylation [69], a reduction in elements belonging to the
oxidative phosphorylation complexes, the citric acid cycle
and ion homeostasis will have a profound influence on
the bioenergetic status of the dystrophic heart. Cardiac
mitochondria are involved in intermediary metabolism, cell
cycle progression, calcium signaling and the regulation of
apoptosis, as well as the production of heme and iron-sulfur
clusters. Proteomic investigations suggest that approximately
1,500 different mitochondrial proteins exist [70]. Previous
studies have shown that altered expression levels within the
mitochondrial proteome influence many aspects of normal
development, diseases and the aging process. With respect to
the heart, mitochondrial dysfunction appears to be associ-
ated with numerous pathologies such as congestive heart fail-
ure, ischaemia reperfusion injury and cardiomyopathy [71].
Therefore, the reduced expression of many mitochondrial
proteins associated with the matrix, outer membrane and
inner membrane system suggests an impaired metabolism
in the dystrophic heart. Reduced expression levels within

the mitochondrial proteome appear to affect the functioning
of the mitochondrial ATP synthase, isocitrate dehydroge-
nase, NADH dehydrogenase, oxoglutarate dehydrogenase,
isovaleryl-CoA dehydrogenase, cytochrome c oxidase and the
cytochrome b-c complex, all critical elements involved in
mitochondrial function in the heart [69]. This agrees with a
previous study by Zhang et al. [72], who reported a decreased
citrate synthase activity in the MDX heart. Although a certain
degree of cellular scarring and the infiltration of fatty and
connective tissue may reduce the number of contractile fibres
in the dystrophic heart, as previously shown by histochemical
analysis [72], this does not appear to drastically alter the
density of muscle-associated mitochondria. The confocal
microscopy analysis shown in this report suggests no major
changes in the number of mitochondria between normal and
dystrophic heart muscle tissue, as judged by labeling with
the established chloromethyl-X-rosamine MitoTracker dye
which is concentrated inside mitochondria by their negative
membrane potential [53–55].

Our DIGE analysis revealed that individual protein
spots representing electron-transferring flavoprotein showed
both increased and decreased abundance. Electron transfer
flavoprotein ubiquinone oxidoreductase provides a crucial
link between electrons derived from fatty acid oxidation and
certain amino acids to the main respiratory chain system of
mitochondria [73]. The differential effect on different iso-
forms of this protein is difficult to interpret, but dystrophin
deficiency must affect distinct subspecies of this metabolic
element with differing post-translational modifications in a
dissimilar way. The observed reduction in the rate-limiting
enzyme pyruvate dehydrogenase could have severe impact
on the utilization of energy carriers and thereby impair the
overall bioenergetics of the MDX heart. Isoforms of cardiac
prohibitin are present in the inner mitochondrial membrane
and are responsible for the efficient assembly of mitochon-
drial respiratory chain enzymes and perform chaperone
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activity. Interestingly, a proteomic survey of mitochondrial
proteins in cardiomyocytes from chronic stressed rats has
shown a drastic increase in prohibitin [74]. Although the
overall complement of prohibitin isoforms is not drastically
affected in muscular dystrophy, a reduced expression of
distinct subspecies of prohibitin in the dystrophic heart
might be associated with an impaired cellular stress response.
The only affected glycolytic enzyme appears to be enolase,
indicating that mitochondrial metabolism is more severely
affected than glycolysis in dystrophy-related cardiomyopathy.
Interestingly, the abundance of the extracellular and intra-
cellular fatty acid transporters albumin and FABP-3, which
are considered limiting factors of oxidative metabolism in
striated muscles, is decreased in the dystrophin-deficient
heart. Thus, dystrophic heart cells would be starved of
essential fuel supplies, which might trigger a decline in
contractile strength. A mitochondrial receptor present in the
outer mitochondrial membrane was identified as a porin
isoform that forms voltage-dependent anion channels. These
ion channels belong to a family of pore-forming proteins
that provide large membrane-spanning aqueous channels
[75]. The decreased concentration in the porin transport
protein would indicate a dystrophy-associated decrease in
mitochondrial function and abnormal ion homeostasis.

In contrast to a recent combined metabolomic and
proteomic study of the MDX heart [46], and in agreement
with two comprehensive proteomic studies on MDX skeletal
muscle [42, 45], we could show here a decreased abundance
of the AK1 isoform of adenylate kinase. The proteomic find-
ing was clearly verified by immunoblot analysis. Nucleotide
metabolism, involving adenylate kinase and creatine kinase
appears to be disturbed in the dystrophic MDX heart, and
this finding might be useful for the future development
of a comprehensive biomarker signature of cardiomyopathy
associated with muscular dystrophy. Overall, our DIGE-
based screening of the soluble proteome from dystrophic
MDX hearts has revealed a severely perturbed protein
expression pattern due to deficiency in dystrophin. The
observed changes in essential proteins involved in cardiac
contraction, mitochondrial metabolism, the cellular stress
response and nucleotide metabolism might be useful for the
future improvement of differential diagnostic procedures,
the assessment of cardiac disease progression in X-linked
muscular dystrophies, the identification of novel therapeutic
targets to treat cardiomopathic complications in Duchenne
muscular dystrophy, and the evaluation of novel treatment
strategies to counter-act the loss in cardiac dystrophin.
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This study aimed to analyse the sarcolemma of Col6a1−/− fibers in comparison with wild type and mdx fibers, taken as
positive control in view of the known structural and functional alterations of their membranes. Structural and mechanical
properties were studied in single muscle fibers prepared from FDB muscle using atomic force microscopy (AFM) and conventional
electrophysiological techniques to measure ionic conductance and capacitance. While the sarcolemma topography was preserved
in both types of dystrophic fibers, membrane elasticity was significantly reduced in Col6a1−/− and increased in mdx fibers. In
the membrane of Col6a1−/− fibers ionic conductance was increased likely due to an increased leakage, whereas capacitance was
reduced, and the action potential (ap) depolarization rate was reduced. The picture emerging from experiments on fibers in culture
was consistent with that obtained on intact freshly dissected muscle. Mdx fibers in culture showed a reduction of both membrane
conductance and capacitance. In contrast, in mdx intact FDB muscle resting conductance was increased while resting potential
and ap depolarization rate were reduced, likely indicating the presence of a consistent population of severely altered fibers which
disappear during the culture preparation.

1. Introduction

Bethlem myopathy and Ulrich congenital dystrophy are
inherited diseases which share a common origin in muta-
tions of collagen VI (COL VI) encoding gene leading to
a defective extracellular matrix composition [1, 2]. The
clinical symptoms are very different as Bethlem myopa-
thy is a relatively mild and slowly progressive disorder
characterized by early onset, weakness, and wasting of
skeletal muscles, and multiple joint contractures, whereas
Ulrich congenital muscle dystrophy (UCMD) is a severe
disorder characterized by generalized and progressive muscle
wasting and weakness, and by the coexistence of proximal
joint contractures and striking distal hyper-extensibility. The
link between altered extracellular matrix composition and

muscle fiber degeneration is not yet completely understood
and the study of Col6a1−/− mice, is expected to give
an important contribution. Col6a1−/− mice [3] carry a
null mutation of the α1 chain of COL VI and exhibit a
phenotype which is reminiscent of some features present
in human Bethlem myopathy and UCMD. In particular,
muscles of Col6a1−/− mice share with muscles of humans
affected by COL VI mutations the high rate of apoptosis
with apoptotic nuclei being 5-6 fold more abundant than
in muscles of wild type (wt) mice [3]. A mitochondrial
mechanism based on increased opening probability of the
permeability transition pore (PTP) within the mitochondrial
inner membrane has been proposed and confirmed by the
finding that treatment of Col6a1−/− mice with Cyclosporin
A, a PTP inhibitor, rescued the mutant dystrophic muscle
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fibers [4]. More recently similar results have been obtained
also in UCMD patients [5]. In spite of such important
advancements, the signalling pathway connecting lack of
COL VI and mitochondrial dysfunction remains unknown.
Ultrastructural alterations of sarcoplasmic reticulum and
mitochondria and abnormal variations in cytosolic calcium
in the presence of the mitochondrial inhibitor olygomycin
might suggest a possible involvement of calcium [4].
Integrin-mediated effects on mitochondrial function [6]
have been considered. A possible role of NG2 which is
significantly decreased in patients with COL VI mutation
as well as in Col6a1−/− mice, has been also proposed
[7].

In view of the uncertainty on the pathogenic mechanisms
of the myopathy induced by the lack of COLVI, we sought
to investigate the structural and functional properties of the
sarcolemma. Actually, the sarcolemma represents the barrier
and, at the same time, the link between extracellular matrix
and intracellular environment. It is, therefore, possible that
the first effects of the lack of a structural component of the
ECM, such as COL VI, can be detected at the sarcolemma.
ECM molecules are linked to the cell cytoskeleton through
large multimeric complexes where proteins like integrins
[8] and dystroglycans [9] play a pivotal role. These protein
complexes provide the connection with the intracellular
cytoskeleton but are also involved in controlling intracellular
signalling pathways and in the recruitment and clustering
ion channels, thereby regulating the electrophysiological
response of the cell membrane [10].

The present study was designed to assess whether bio-
physical properties of the sarcolemma are altered in muscle
fibers of mice lacking COL VI. To this end we combined
a structural and mechanical exploration based on Atomic
Force Microscopy (AFM) with the analysis of the basic
electrophysiological features of skeletal muscle fibers both in
freshly dissected muscles and in culture. Wild type and mdx
muscle fibers were utilized as controls. Actually, mdx muscle
fibers can be considered a positive control as alterations in
sarcolemmal electrophysiological and mechanical properties
have been reported in previous studies [11, 12].

2. Materials and Methods

2.1. Animals. Experiments were carried out on young adult
(1-2 month old) Col6a1−/− mice, mdx mice and the
related wild type mice C57 BL/6. Wild type and mdx
mice were purchased at Charles River Italia (Calco, Italy).
Col6a1−/− mice (kind gift from Professor Paolo Bonaldo,
University of Padova) were obtained as previously described
using a targeting vector containing a neomycin resistance
cassette in the second exon to inactivate the col6a1 gene
in embryonic stem cells [3]. The use of the animals and
the experimental protocol was approved by the Department
Ethical Committee and the University Ethical Commission
(CEASA, Comitato Etico di Ateneo per la Sperimentazione
sugli Animali). All efforts were made to minimize animal
suffering and to keep low the number of animals necessary
to obtain reliable data.

Mice were killed by cervical dislocation and FDB (Flexor
Digitorum Brevis) muscles were quickly dissected out and
pinned on the sylgard (Sylgard 184, Down Corning, Milano,
Italy) coated bottom of a Petri dish. Muscles were continu-
ously perfused with Tyrode solution bubbled with a 95% O2

5% CO2 gas mixture.

2.2. Preparation and Culture of Muscle Fibers. Single muscle
fibers were enzymatically isolated from FDB following a
protocol derived from that described by Head [13]. After
dissection FDB muscles were placed in a Petri dish filled with
tyrode solution (mM: NaCl 140, KCl 2, CaCl2 2, Hepes 10,
and glucose 5) containing 0,2% tipe I collagenase (C0130,
Sigma-Aldrich, Milano, Italy) and 10% foetal bovine serum
(FBS) for 1 hour at 4◦C and then for another hour at
37◦C in a water-saturated incubator with 5% CO2. After
three washes in Tyrode containing 10% FBS to block the
collagenase effect and stabilize the fibers, the muscles were
gently and repeatedly sucked in and out a fire-polished
Pasteur pipettes of different diameters (30–300 μm) inside a
glass Falcon until muscle fibers were dissociated. Dissociated
fibers were plated on coverslips covered with mouse laminin
which induced fiber attachment within 1 hour. Coverslips
were kept in small Petri dishes filled with Tyrode sup-
plemented with 10% FBS and 1% penicillin-streptomycin-
anphotericin. Culture dishes were kept in incubator at 37◦C,
5% CO2.

2.3. Atomic Force Miscroscopy (AFM). An integrated
AFM/inverted optical microscope system (5500ILM AFM,
Agilent Technologies equipped with an Olympus IX70
inverted microscope) was used for imaging and elasticity
measurements. This allowed to perform simultaneous
optical (phase contrast) and AFM imaging on living or
fixed (paraphormaldeyde 4% for 20 min) fibers. Fibers were
examined 6 days after dissociation. The AFM was equipped
with a 100-μm XY scanner. Triangular silicon nitride
cantilevers with a spring constant K = 0.012 N/m and sharp
pyramidal tips (Veeco, Santa Barbara, CA) were employed.
The spring constant of each cantilever was determined by
the thermal noise method which ensures a level of accuracy
of 10%–15% [14].

Topography and elasticity images were acquired by
recording force versus distance curves on a regular grid
of 64 × 64 points over an 5 × 5 μm2 area. Each force
curve was taken at a rate of 2 Hz, applying a max load of
1 nN corresponding to a max indentation of 100 nm. The
time to obtain a full force map was therefore approximately
50 minutes. For each point of the grid (i.e., for each
curve) the values of the sample height at 500 pN load and
of the elasticity were calculated. To exclude any possible
contribution from plastic (i.e., permanent) deformation,
only data from the unloading (retracting) part of each curve
were considered and converted into a load versus indentation
curve. The elasticity value (i.e. Young’s modulus) E, was
calculated at the indentation of 100 nm using the Oliver’s
and Pharr model for conical tips: [15]: E = π0.5/2(1-ν2)S/A0.5,
where ν is the Poisson’s ratio, S the slope or contact stiffness,
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and A is the effective projected area of the indenter tip on
the sample. We assumed a value for the Poisson’s ratio ν =
0.5 and approximated the tip geometry corresponding to
a square-based pyramid with a 35◦ aperture angle, with a
conical shape with the same angle of aperture.

The calculation of the average value E over the map
of 64 × 64 = 4096 curves was performed using a custom
analysis software developed in LabView (National Instru-
ments, Austin, Texas): for each force curve in a map, the
slope S of the unloading curve at the maximum load is
automatically calculated. The histogram of the calculated S
values for each single map showed one peak, and it was fitted
with a Gaussian curve. 30% of the curves around the fit mean
(typically 1000 curves) are then averaged. The averaged curve
was used to calculate the E value.

2.4. Electrophysiology. Electrophysiological properties were
investigated using intracellular electrodes on single enzymat-
ically-dissociated fibers after 6 days of culture and on intact
muscles dissected and pinned on the bottom of a sylgard-
coated Petri dish. In both cases, experiments were carried
out at room temperature (20◦–22◦C). Whole FDB muscles or
single dissociated fibers were bathed in normal physiological
(Tyrode) saline with the following composition in mM: NaCl
140, KCl 2, CaCl2 2, HEPES 10, glucose 5, and pH 7.4. In case
of whole muscles, solution was continuously bubbled with
95% O2.

Fiber action potential was intracellularly recorded using
a bridge amplifier (SEC 10L, NPI, Germany) and current-
clamp approach. Amplified data were then digitized at
25 kHz with an ADC board (National Instruments PCI6071E
or Axon Digidata 1200) and stored in a PC for offline
analysis using appropriate software (WinWCP, Strathclyde
University; pClamp6, Axon Instruments). After the insertion
of the micropipette (0.5 μm tip diameter; filled with 3 M KCl;
10 Mohm resistance), membrane potential was clamped to
−100 mV by injecting a negative current.

In order to determine fiber excitability, once membrane
potential was set at −100 mV, fibers were stimulated using
positive square-wave current pulses (500 ms duration) of
increasing intensity until an action potential was elicited. For
the first action potential the amplitude in mV, the threshold
current, in nA, and the latency of action potential, that is, the
delay from the beginning of the current pulse to the onset
of an action potential at threshold, in ms, were measured
(see [14]). The amplitude and the rates of depolarization
and repolarization were then measured in subsequent action
potentials.

In order to investigate passive membrane properties,
the cell membrane charging process in response to a
negative current pulse (200ms duration; 1nA amplitude)
from a holding potential of −100 mV, was analysed. A direct
measurement of membrane conductance was made from the
change in potential at the end of the hyperpolarizing pulse
when membrane potential was stable. In a set of experiments
anthracene 9-carboxylate (9-AC) (Sigma-Aldrich, Milano,
Italy) was added to to bath (100 μM) to block chloride
currents.

Images of the fibers studied in electrophysiological
experiments were taken at 20 and 300× magnification and
used to measure diameters and length and to calculate
surface area, assuming a cylindrical shape.

To identify membrane capacitance and conductance, the
membrane potential transients were described in terms of a
time-independent component (Ri) which follows the current
step within 5 ms and a time dependent component which
was analysed in terms of a two parameters model describing
the slow charging process of the cell membrane with the
equation

VM

ICOM
= RM ·

(
1− exp

(
− t

CM
· RM

))

= RM ·
(

1− exp
(
− t

τM

))
,

(1)

derived from a simple membrane analogue with membrane
capacitance CM in parallel with membrane resistance RM .
From the parameters RM and τM obtained with minimization
of the squared mean error, the value for the membrane
capacity CM was calculated and normalized to the apparent
cell surface. The time independent component was identified
as the leakage branch of the model.

2.5. Statistical Analysis and Curve Fitting. Data were
expressed as mean and standard error. Comparisons between
Col6a1−/−, mdx, and wild type muscle fibers were done
using one way variance analysis followed by Newman-Keuls
test. Differences were considered significant at P < .05.

The fitting of the membrane potential charging process
was performed by a Labview (National Instruments, Austin,
Texas) module of Levenberg-Marquardt algorithm of mini-
mization applied to the root mean error calculated from the
experimental dataset.

3. Results

3.1. Viability of Col6a1−/− Fibers in Culture. Single FDB
fibers, dissociated and cultured as described in the Materials
and Methods, were monitored up to 12 days. From the
enzymatic dissociation of each FDB muscle approximately
300–400 fibers were obtained. As can be seen in Figure 1,
both Col6a1−/− mutant and wild-type fibers showed a
progressive loss of viability with the time, while the cultures
of dystrophin lacking mdx fibers showed an initial drop
during the first day. This suggests that all Col6a1−/−
fibers damaged or apoptotic were removed during the
preparation and only the fibers in good conditions could
survive the collagenase treatment. Apparently, such fibers
from Col6a1−/−mice did not show any significant alteration
of viability or shorter survival time in culture conditions, at
least within the 12 days time window considered. By contrast,
for mdx fibers a severe selection occurred in the first day after
dissociation and only a fraction of fibers were sufficiently
viable to survive for many days in culture. Experiments
were performed at day 6, when cells had recovered from
dissociation and were capable to generate action potentials
upon stimulation. At day 6, the measurements on enlarged
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video images of randomly chosen groups of cells showed
only minor and not significant differences in length and
in diameter (Figure 1). Staining with Hoechst nuclear dye
did not provide evidence of centrally located nuclei, thus
suggesting that no regenerating fibers were present in the
cultures (not shown).

3.2. Sarcolemma Topography and Elasticity Studied with
Atomic Force Miscroscopy (AFM). Sarcolemma topography
images of wt, Col6a1−/− and mdx fibers were obtained
with AFM on living fibers and after fixation with para-
phormaldeyde. In paraphormaldeyde-fixed fibers (Figure 2)
a periodic pattern of foldings perpendicular to the fiber
long axis was clearly detectable and showed a period-
icity of approximately 2 μm (1.98± 0.08 μm in wt and
1.88± 0.15 μm in Col6a1−/− and 1.78± 0.12 μm mdx fibers
resp., not significantly different). As demonstrated in our
previous study [15], the periodicity of the major sarcolem-
mal folds corresponds to the periodicity of the sarcomeres,
as determined by phase contrast microscopy, and the major
folds correspond to the Z-lines. Interestingly, in all three fiber
groups a less evident but consistent folding was detectable
between the major folds. Such intermediate periodic feature
might correspond to the M-line [15]. The depth of the major
foldings range between 50 and 150 nm, without consistent
differences between the three groups of fibers. Thus, no
clear difference in the general sarcolemmal architecture was
detectable with AFM topography.

Nine Col6a1−/− fibers, 14 mdx fibers, and 18 wt
fibers were considered for elasticity analysis with AFM (see
Figure 3). The fibers were cultured in Petri dishes and
examined without fixation, as described in the Methods. For
each fiber, two or three topography and elasticity maps were
recorded for a total of 18 maps for Col6a1−/−, 21 maps
for mdx, and 29 maps for wild type. In the same fibers,
sarcomere periodicity was optically measured with phase
contrast and average (±s.e.) sarcomere length was found to
be 1.83± 0.02 μm in Col6a1−/−, 1.78± 0.01 in mdx and
1.90± 0.01 in wild type fibers, values in good agreement
with the results obtained for folding periodicity in fixed
fibers. The differences, although very small, were statistically
significant (P < .05). An example of phase contrast image of
a Col6a−/− fiber cultured for 6 days in contact with the AFM
cantilever is shown in Figure 3(g).

Topography and elasticity maps were obtained as
described in the Methods. Examples of such maps for three
fibers: wild type, Col6a1−/− and mdx, respectively, are
shown in Figures 3(a)–3(f). Periodic features are detectable
both in the topography maps (Figures 3(a), 3(c) 3(e)), and
elasticity maps (Figures 3(b), 3(d), 3(f)), in agreement with
our previous observations [15]. The topography and the
elasticity map in each row (a and b, c and d, e and f) refer to
the same region of a given fiber (wild type a, b; Col6a1−/−
c, d; mdx e, f). Interestingly, as can be appreciated by the
grey scale where white corresponds either to stiffer (higher
elasticity or Young Modulus value) regions or to more
elevated regions, the tops of the foldings roughly correspond
to the stiffer parts of the sarcolemma. The average elasticity

values are shown in the histogram in Figure 3(g) and, as can
be seen, the surface of Col6a1−/− fibers was significantly less
stiff than the surface of wild type fibers, while the average
stiffness of the surface of mdx fibers was significantly greater
than that of wild type fibers.

3.3. Resting Potential and Action Potential Measured in
FDB Fibers in Culture. Intracellular electrode recordings
showed that resting membrane potential was similar in
the mutant and wild type fibers (Figure 4(a)). Depolarizing
current steps of increasing amplitude were applied until an
action potential was elicited. Although some fibers from
mutant mice were unexcitable (less than 20%), no significant
difference of voltage threshold for action potentials between
wild type and dystrophic fibers (with preserved excitability)
was observed. The action potential rising rate and amplitude
were also measured. Whereas the amplitude was identical in
wild type, mdx, and Col6a1−/− fibers, the depolarization
rate was significantly lower in Col6a1−/− fibers (Figures 4(b)
and 4(c)).

3.4. Membrane Conductance and Capacitance of FDB Fibers
in Resting Potential Conditions. The membrane conductance
at resting potential was measured by applying to the fibers
a hyperpolarizing current step, as described in the Methods.
Average conductance normalized to fiber surface was higher
in Col6a1−/− than in wild type fibers, while in mdx fibers
was lower than in wild type fibers, as shown in Figure 4(d).

Since in mammalian skeletal muscle fibers the main
determinant of resting sarcolemma conductance is chloride
conductance [16], we repeated the measurement after block-
ing chloride channels with 9-anthracene carboxylic acid (9-
AC) [17] to check whether the difference between wild type
and Col6a1−/− could be removed. As shown in Figure 4(e),
9-AC caused a significant reduction of membrane conduc-
tance both in wild type and Col6a1−/− fibers. The reduction
was, however, greater in wild type fibers (−40%) than in
Col6a1−/− fibers (−20%), thus suggesting that the higher
conductance found in Col6a1−/− was likely not due to
chloride channels.

To further investigate the source of the different val-
ues of membrane conductance of Col6a1−/− and mdx
fibers, shown in Figure 4(d), the kinetics of intracellular
voltage changes in response to a hyperpolarizing step was
interpolated by (1) corresponding to the model described
in the Methods (Figure 5). The parameters calculated by
the best fitting provided an estimate of: (i) the resting
conductance (RM), (ii) the capacitance (CM), and (iii)
the instantaneous or time independent conductance (Ri),
identified as the membrane leakage. The average values of the
three parameters, obtained in wild-type and mutant fibers
after 6 days in culture are reported in Figure 5, together
with the values of the time constant τM of the membrane
charging process. As can be seen in Figure 5(c), the time
constants were significantly different and the lower value
observed in Col6a1−/− fibers was attributed by the model to
a lower capacitance of the membrane associated with similar
conductance values (Figures 5(e) and 5(f)). By contrast, mdx
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Figure 1: Survival curve of muscle fibers in culture. Time 0 corresponds to muscle dissection and the fraction of the surviving fibers is
expressed in % of the fibers attached on the bottom of the Petri dishes 24 hours after dissection. No difference is detectable in the survival
between wild type and Col6a1−/− fibers, while the survival of mdx fibers is significantly lower.
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Figure 2: AFM topography (contact mode) of fixed fibers: wild type (a), Col6a1−/− (b) and mdx (c) fibers. Two sets of foldings with a
periodic pattern can be easily recognized in all three fiber types. The periodicity of the greater foldings, likely in phase with Z-line is about
2 μm, and the distance between the greater and the smaller foldings is about 1 μm. The profiles reported in the diagrams on the left are
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fibers showed a time constant similar to wild type fibers,
but the model analysis indicated that such time constant
value was the result of reduced values of both capacitance
and conductance (Figures 5(e) and 5(f). Importantly, the
instantaneous, time-independent resistance measured in the
first ms after current injection was significantly lower in
mutant than in wild type fibers. Thus, according to the model
analysis, the higher membrane conductance of Col6a1−/−
fibers was due to a higher leakage and was associated with a
lower membrane capacitance.

3.5. Resting Potential and Action Potential Measured in Intact
FDB Muscle Preparations. In intact muscles the lack of
Collagen VI creates a clear difference between mutant and
wild type fibers which grow in the absence or, respectively,
in the presence of Collagen VI. Such difference is lost in the
culture dishes, where both mutant and wild type fibers are
maintained in culture for 6 days after dissociation in the
same environmental conditions (culture medium, adhesion

substrate). In mdx muscles, a substantial subpopulation of
fibers is severely damaged and necrotic and such fibers likely
disappear during the dissociation procedure or in the first
day in culture. To account for this and characterize the
membrane properties of the fibers still embedded in the
extracellular matrix, membrane conductance and excitability
were measured also in fibers from FDB muscles dissected but
kept intact “in vitro”, without enzymatic dissociation. In full
agreement with the measurements performed on cultured
fibers, the membrane resting resistance was significantly
reduced in Col6a1−/− and was also reduced in mdx muscle
fibers compared to wild type muscle fibers (see Figure 6(b)),
while the membrane resting potential was unaffected in
Col6a1−/− and significantly reduced in mdx (Figure 6(a)).
Moreover, the action potential amplitude (Figure 6(c)) was
not significantly different in Col6a1−/− with respect to
wild type, while it was slightly but significantly increased
in mdx. The rate of depolarization showed a reduction
in both mutant strains compared to wild type fibers
(Figure 6(d)).
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Figure 4: Passive and active membrane electrical properties of single muscle fibers kept in culture. Resting membrane potential (a),
maximum rate of depolarization (b), action potential amplitude (c), and resting conductance determined with a hyperpolarizing step and
normalized to sarcolemma surface of the wild type (black column), Col6a1−/− (grey column), mdx (white column). Mean and standard
errors of measurements obtained in 66 wild type, 52 Col6a1−/− and 32 mdx fibers. ∗P < .05 and ∗∗∗P < .001 compared to wild type. (e)
shows the determination of membrane conductance in a separate set of wild type (black column) and Col6a1−/− fibers (grey column) in
the absence and in the presence of 9-anthracene carboxylic acid (9- AC). ∗denotes P < .05 both in comparison between the two fiber types
and in comparison between absence and presence of 9-AC.

4. Discussion

The results obtained in the present study provide the first
complete description of the biophysical properties of the
sarcolemma of Col6a1−/− muscle fibers in comparison
with wild type and mdx muscle fibers. The mutant fibers
not only displayed alterations in membrane conductance
and capacitance as well as in sarcolemma elasticity when
compared to wild type muscle fibers but were also different

from mdx muscle fibers. Importantly, such alterations
were demonstrated in fibers in good conditions, able to
survive for a long time in culture, and for this reason
should not be considered expression of final degenerative
processes, but more related to causal mechanisms of the
muscle pathology. All experiments were carried out on FDB
muscles which allow an easy dissociation of single fibers.
FDB muscles are mainly composed of fast fibers [18] and,
according to available data [4, 13], are clearly affected by
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Figure 5: Analysis of resistance and capacity of the sarcolemma based on the kinetics of the membrane potential change during a
hyperpolarizing step. Panels (a) and (b) show examples of fitting to the curves of membrane charging (expressed as the ratio V/I, membrane
potential divided by injected current) with a step of hyperpolarizing current of 1 nA from a holding potential of−100 mV. Only the first 90 ms,
corresponding to 5000 data points are shown. Note the initial instantaneous jump in potential. The values of the parameters calculated with
the analysis are shown in the histograms (c)—(f) as means and standard errors. Rm and Cm are the resistance and the capacity calculated
by the model, their product being equal to the time constant τ. Ri denotes the instantaneous, time-independent resistance. Wild type
(black column), Col6a1−/− (gray columns), mdx (white columns) are reported in each histogram with ∗P < .05, ∗∗P < .01, ∗∗∗P < .001
compared to wild type. The numbers of fibers studied is the same as in Figure 4.
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Figure 6: Passive and active membrane electrical properties of muscle fibers analysed in intact freshly dissected FDB muscle.
Electrophysiological parameters determined in FDB fibers are shown as means with standard errors for wild type (black columns),
Col6a1−/− (gray columns) and mdx (white columns) muscles. Histogram (a) shows resting membrane potential (rpm), histogram (b)
shows input resistance, histogram (c) shows action potential amplitude, and histogram (d) shows rate of depolarization during action
potential. ∗P < .05 and ∗∗P < .01 compared to wild type.

the dystrophic process both in mdx and in Col6a1−/−
mice.

Our previous studies have shown that the lack of
Collagen VI (COL VI) causes a mild dystrophy in mice [3, 4],
characterized by an increased rate of apoptosis which leads
slowly but progressively to fiber death. Random sampling of
fibers from muscles of mice lacking COL VI yield three main
populations of fibers: a majority of fibers apparently healthy,
many fibers with some structural alterations but still able to
contract, and a few fibers positive to Evans Blue Dye (EBD),
completely altered in their structure and unable of contractile
response [4]. Enzymatic dissociation of FDB produced
only fibers apparently healthy, likely because all damaged
fibers were destroyed during dissociation. Such apparently
healthy fibers, however, when put in culture and challenged
with olygomycin, revealed a latent mitochondrial weakness
likely causally related to apoptosis triggering mechanism
[4]. Cyclosporin A, an inhibitor of the opening of the
mitochondrial permeability transition pore, was effective in
reducing apoptosis rate in murine and human myopathies
due to lack of COLVI and this gives support to the causal
role of the mitochondria [4, 5]. Muscle dystrophy in mdx
mice shows a very different picture characterized by a high
proportion of necrotic EBD positive fibers [19, 20] and a high

proportion of newly formed regenerating fibers. Such fibers
likely disappear during the dissociation procedure and the
first day in culture, but the surviving fibers still bear clear
alterations of the sarcolemma which could be detected in
this study. The choice of performing experiments on the
sixth day after dissociation was aimed to restrict the com-
parison to fibers in good conditions. Thus, the alterations
observed in the sarcolemma could not be attributed to the
final degenerative process, but could be safely considered
expression of the initial pathogenetic process. The diversity
between the severe selection occurring in the culture of mdx
muscle fibers and the greater stability of Col6a1−/− muscle
fiber culture suggested to repeat the electrophysiological
measurements also in intact freshly dissected FDB muscles,
where a complete, unselected fiber population could be
sampled.

Compared to wild type, Col6a1−/− muscle fibers dis-
played an increased resting conductance, detectable in fibers
dissociated from FDB and kept in culture for 6 days as well as
in fibers imbedded in freshly dissected FDB muscles. The first
explanation considered was a change in chloride conduc-
tance, since chloride conductance is predominant in resting
muscle membrane [16] and variations have been reported
in relation to fiber type and pathological conditions [21].
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Experiments with 9-Anthracene, a known blocker of chloride
channels [17], lead to discard this hypothesis. Moreover,
the analysis of the time course of the membrane charging
after the step injection of a hyperpolarizing current showed
that the difference in membrane conductance was mainly
attributable to the initial time-independent component of
membrane conductance. Such component was identified
with a membrane leakage, possibly related to membrane
fragility. Another finding plays in favour of an aspecific ionic
leakage which might allow entrance of positive ions. Actually,
the rate of rise of action potential was significantly decreased
in Col6a1−/− muscle fibers. The rate of depolarization
during action potential is determined by the opening of
sodium channels and the related inward current. Thus, a
likely explanation is that a conserved channel density is
accompanied by a reduced sodium concentration gradient
which fits very well with the increased membrane leakage.
Resting membrane potential however was not changed and
this would require an increased potassium current at rest
which might also fit with the reduced weight of chloride
currents in mutant fibers.

Mdx fibers in culture showed a decreased membrane
conductance compared to wild type and Col6a1−/− muscle
fibers. The finding was confirmed by the model analysis and
is in agreement with previous observations [11] which linked
such decrease to a reduced chloride conductance. Interest-
ingly, the electrophysiological analysis of the intact freshly
dissected FDB muscle gave an opposite indication, that is,
a decreased membrane resistance. The likely explanation is
given by the presence of a high number of pathological and
deeply altered fibers in the population impaled with the
microelectrodes in the intact muscle. The diversity between
the features of the mdx fibers in culture compared to those
in the intact muscle is also confirmed by the reduction of the
resting membrane potential and of the rate of depolarization
during action potential, two features present in intact muscle
and not present in cultured fibers.

The aspecific leakage observed in Col6a1−/− muscle
fibers is suggestive of structural alterations of the sar-
colemma. ECM proteins may play the role of organizer of the
sarcolemma structure, as recently shown for biglycan [22]
and their absence might induce structural alterations. The
sarcolemma topography analysed with AFM (Atomic Force
Microscopy), with a resolution comparable to the trans-
mission electron microscopy (TEM) [15], did not provide,
however, any clue in favour of such structural alterations in
general agreement with previous studies with TEM, showing
mitochondria and SR swelling but not sarcolemma disorga-
nization [4]. AFM experiments, however, revealed a reduced
membrane stiffness (Young modulus reduced by 30%) and
the electrical capacitance, which is related to the membrane
surface, was also found reduced (by 20%). Both Young
modulus and capacitance were “normalized” to sarcolemma
surface, calculated from optical microscopy imaging with the
resolution of μm. However, the “true” membrane surface
should also account for T tubules, caveolae, and foldings. It is
thus possible that the “true” sarcolemma surface is changed
in a way which is not quantified even with the high resolution
achieved by AFM. As far as Young modulus reduction must

be taken into account that the indentation reached 100 nm
and, therefore, some subsarcolemmal mitochondria might
contribute to the calculated elasticity. Mitochondrial swelling
was reported in our previous study [4].

The increased Young modulus in mdx fibers in culture
was an unexpected result. Early attempts to determine the
stiffness of the sarcolemma in mdx muscle dystrophy were
carried out mainly in myotubes with various techniques
(aspiration in micropipette [23], osmotic swelling [24],
indentation with glass probes [25]) and with uncertain
results. Few months ago, the results of measurements of
sarcolemma stiffness on adult mdx fibers with AFM were
published [12] and showed that stiffness was about 1/3
in mdx compared to wild type fibers. The disagreement
between the results obtained in this study and those reported
by [12] can find more than one explanation: (i) FDB fibers
surviving in culture were examined in this study, while
an unselected population of Tibialis anterior fibers was
tested by Puttini and coworkers [12], (ii) the indentation
amplitude was 500 nm in the experiments of Puttini and
coworkers [12], while in this study the amplitude was
only 100 nm and only the unloading curve was considered.
It is important to recall that there are recent indications
of changes in subsarcolemmal viscosity of mdx muscle
fibers likely due to actin cytoskeleton reorganization [26]
and that the distance between sarcolemma and superficial
mitochondria or myofibrils is generally in the order of
tenths of μm, and (iii) the sarcomere length of the fibers
in culture was low (see below), while it was controlled
in the experiments of Puttini and coworkers [12], it is
likely that the sarcolemmal stiffness increases with sarcomere
length in relation with the reduction of the “membrane
reservoir” given by minor foldings and caveolae as suggested
by Dulhunty and Franzini-Armstrong [27]. The topography
of the sarcolemma as detected by AFM was not substantially
altered in mdx as well as Col6a1−/− muscle fibers when
compared to wild type. The same folding periodicity could
be observed and, if the greater foldings correspond to Z lines
and to costameres as demonstrated by our previous study
[15], the costamere structure is clearly preserved also in mdx
muscle fibers, in spite of the lack of dystrophin. The lower
folding likely corresponding to the M line was also detectable
in mutant muscle fibers.

Differences in sarcomere length were also observed
between mutant and wild type fibers and might represent an
indication of subtle structural differences. Dissociated fibers
attach to the laminin substrate without any constraint at their
slack length, which is set in the first place by myofibrillar
proteins such as titin [28–30]. There are, however, no reasons
to believe that the shorter sarcomere length observed in
Col6a1−/− and mdx fibers is an indication of a difference
in myofibrillar proteins. A contribution of the sarcolemma
cannot be excluded either in terms of the mechanical
alterations (see above Young Modulus) or in connection
to a fiber swelling related to the changes in sarcolemma
permeability.

In conclusion, the results obtained show that muscle
fibers prepared from mice bearing two distinct types of
muscle dystrophy, kept in culture and apparently in good
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functional and structural conditions, exhibit clear sarcolem-
mal alterations which are likely related with the molecular
defects responsible for the dystrophy. For mdx fibers, the
present data allow the description of a set of fibers lacking
dystrophin but apparently in good health, not affected by
a progressive necrosis process and not regenerating. Such
fibers show some previously demonstrated features, such
as the reduced membrane conductance, but also reveal
other interesting aspects such as the increased stiffness
and the reduced membrane capacity. For Col6a1−/− the
reduced membrane stiffness and the increased leakage are
suggestive of an initial sarcolemmal disorganization which
might represent the still missing link between the lack of
an important extracellular protein, such COL VI, and the
well investigated mitochondrial dysfunction. The control of
the opening of the mitochondrial permeability transition
pore (PTP) has been the target of the attempts to treat
the human muscle disease caused by mutations of COL
VI, Bethlem myopathy, and Ulrich congenital dystrophy
[4, 5]. The understanding of the pathway connecting COL
VI in the extracellular matrix and mitochondria can open a
new perspective to develop more effective treatments of the
disease. The indications, emerging from the present study, of
sarcolemma alterations may represent a step in this direction.
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T-tubules are invaginations of the cardiomyocyte membrane into the cell interior which form a tortuous network. T-tubules
provide proximity between the electrically excitable cell membrane and the sarcoplasmic reticulum, the main intracellular
Ca2+ store. Tight coupling between the rapidly spreading action potential and Ca2+ release units in the SR membrane ensures
synchronous Ca2+ release throughout the cardiomyocyte. This is a requirement for rapid and powerful contraction. In recent
years, it has become clear that T-tubule structure and composition are altered in several pathological states which may importantly
contribute to contractile defects in these conditions. In this review, we describe the “neighborhood” of proteins in the dyadic
cleft which locally controls cardiomyocyte Ca2+ homeostasis and how alterations in T-tubule structure and composition may alter
this neighborhood during heart failure, atrial fibrillation, and diabetic cardiomyopathy. Based on this evidence, we propose that
T-tubules have the potential to serve as novel therapeutic targets.

1. Structure and Role of T-Tubules

1.1. Morphology. The plasma membrane of ventricular car-
diomyocytes is comprised of both the surface sarcolemma
and a branching network of T-tubules which project into
the cell interior. These invaginations were so named since
they were initially observed as transverse elements, which
occur near the Z lines at regular intervals along the cell
[1]. However, detailed imaging has shown that the T-tubule
network is actually quite complex, and contains numerous
longitudinal components which run from one Z line to
the next [2, 3]. While T-tubule diameter varies between 20
and 450 nm throughout the cardiomyocyte, more than 50%
of tubules have a diameter between 180 and 280 nm [3].
Their total volume has been estimated to be 0.8–3.6% of
the cardiomyocytes volume [4, 5]. Estimates of the fraction
of the total sarcolemma in the T-tubules (versus surface
membrane) range from 21–64% [4], although in a recent
review employing computer modeling, it was suggested that

the true fraction is close to 50% [6]. The large variability
in these estimates likely reflects the different methodologies
used for calculation and differences between species, but
might also be due to the considerable plasticity of the T-
tubules. Indeed, T-tubules are absent in the neonatal heart
[7, 8] and develop progressively after birth [9, 10]. Also, as we
will discuss in this review, there is an important remodeling
of the T-tubules during pathological conditions.

1.2. The Dyadic “Neighborhood”. During the cardiac action
potential, contraction is triggered in myocytes by a process
known as excitation-contraction (EC) coupling [4]. During
this process, electrical excitation of the cell membrane
triggers a transient rise in intracellular Ca2+ concentration
([Ca2+]), which results in myocyte contraction as Ca2+ binds
to the myofilaments. T-tubules play a pivotal role in EC
coupling by allowing the action potential to propagate into
the cell interior, and by providing proximity between the
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excitable cell membrane and the sarcoplasmic reticulum
(SR), the main intracellular Ca2+ store. The SR membrane
is apposed to the T-tubule membrane in highly special-
ized junctional microdomains (Figure 1). Here L-type Ca2+

channels face SR Ca2+ release channels, known as ryanodine
receptors (RyRs), with a stoichiometry of 4–10 RyRs per L-
type Ca2+ channel [11]. The two adjacent membranes are
separated by a gap of 10–15 nm called the dyadic cleft.
Clusters of RyRs and L-type Ca2+ channels and the dyadic
cleft which separates them together constitute a functional
unit called a couplon, or dyad [12] (Figure 1). The number
of RyRs in a single dyad is still a matter of debate; analysis
from electron micrographs reports numbers from 30 to
270, depending on species [13]. A recent study using a
combination of confocal imaging and image processing
suggested that the true number is in the upper range (120 to
260 RyRs) in rat [14]. However, a new electron microscopy
tomography study in mouse demonstrated that there is a
large variability in the size of the dyad [5]. The authors
also showed that most dyads are significantly smaller than
previously estimated; more than one-third of dyads are equal
or smaller than the size necessary to hold ∼15 RyRs, and the
average dyad holds only 7.7 RyR tetramers.

When one or several L-type Ca2+ channels are open,
Ca2+ release is triggered from RyRs in that couplon by an
amplification system known as Ca2+-induced Ca2+ release
(CICR) [15]. This can be observed as evoked Ca2+ sparks in
unstimulated myocytes [16, 17], although Ca2+ sparks can
also result from spontaneous RyR openings in the absence of
L-type Ca2+ current [18]. When an action potential travels
through the cardiomyocyte, thousands of individual Ca2+

sparks are triggered, and their spatiotemporal summation
constitutes the Ca2+ transient [4]. The extent of CICR and
magnitude of the Ca2+ transient are critically dependent
on the SR Ca2+ content [19], which in turn is determined
by the balance between SR refilling and release. However,
efficient coupling between Ca2+ influx and SR Ca2+ release
also requires the precise positioning of Ca2+ channels, RyRs,
and other proteins within the dyadic “neighborhood”, as will
be discussed below.

Following release, Ca2+ is recycled into the SR by the
SR/ER Ca2+ ATPase (SERCA) and extruded from the cell by
the Na+/Ca2+-exchanger (NCX) and the plasma membrane
Ca2+ ATPase (PMCA). The PMCA is believed to be a
quite minor contributor to overall Ca2+ removal due to its
relatively slow kinetics [20]. In addition, it has not been
demonstrated that the PMCA is present in the T-tubules,
which is a requirement for an efficient Ca2+ extrusion
pathway. On the other hand, NCX plays an important
role in Ca2+ extrusion. It is localized both in the surface
membrane and in the T-tubular membrane, but with a
three times higher density in the T-tubules [21] (Figure 1).
The contribution of NCX to total Ca2+ removal from the
cytosol varies across species from ∼30% in the rabbit to
∼7% in the rat [22, 23]. The NCX is electrogenic since
it exchanges 3 Na+ for 1 Ca2+, which means that its
transport rate is dependent on both the membrane potential
and transmembrane concentration gradients for Na+ and
Ca2+. Since ionic concentrations may vary considerably in

different submembrane spaces or ion pockets, NCX activity
will very much depend on its localization as well as the
localization of other nearby Na+ and Ca2+ handling proteins.
For example, we have observed that the Na+/K+-ATPase α2

isoform is preferentially localized in the T-tubules where it
regulates an Na+ pool which is shared by NCX [24]. Data
from several other studies also support a close relationship
between Na+/K+-ATPase and NCX function [25–28]. Since
NCX and SERCA compete for Ca2+, this local control of
Na+ homeostasis can importantly regulate SR Ca2+ load and
the magnitude of the Ca2+ transient [29]. Thus, alterations
in T-tubule structure or more subtle alterations in the
dyadic neighborhood would be expected to have important
functional consequences.

Although the NCX functions predominantly to extrude
Ca2+ from the cell (forward mode), it can also function
in reverse mode to facilitate Ca2+ entry. We have recently
shown that NCX-mediated Ca2+ influx contributes to an
early phase of Ca2+ entry which actually precedes that from
Ca2+ channels [30]. Ca2+ influx via reverse-mode NCX can
even trigger SR Ca2+ release, albeit with low efficiency [31].
We have calculated that such a role requires the presence of
an Na+ channel in the dyad to locally elevate intracellular
[Na+] [30] (Figure 1). However, the localization of both
NCX and the Na+ channel in the dyad has been disputed
[32]. Further study of the localization of these proteins is
therefore required, both in normal cardiomyocytes and in
disease states where the efficiency of NCX-mediated CICR
may be altered.

1.3. T-tubule Density/Organization: Control of Ca2+ Release
Synchrony. The vast majority of studies of T-tubular struc-
ture and function have been conducted on ventricular
myocytes. Interestingly, other cardiac cell types are often
stated to lack T-tubules. In reality, however, T-tubules have
been observed in Purkinje cells [33] and their presence
has been clearly documented in atrial myocytes from a
number of species [34–42], albeit at a lower density than that
observed in ventricular cells. To our knowledge, T-tubules
have not yet been examined in human atrial cells, but are
very likely to be present since large mammals such as sheep
([40, 41] see Figure 2(b), left panel) and dog [42] exhibit a
surprisingly high T-tubule density.

The extent and organization of the T-tubule network
is an important determinant of the spatial homogeneity of
SR Ca2+ release throughout the cardiomyocyte. A dense,
well-organized T-tubule network, such as that observed in
mouse and rat ventricle myocytes, (Figures 2(c) and 2(d),
left panels) allows for very synchronized CICR in these cells
(Figure 3(a)) [43, 44, 47]. Heinzel et al. [48] demonstrated
that a somewhat lower T-tubule density in pig ventricular
myocytes was associated with less synchronous Ca2+ release
(Figure 3(a)). In cat atrial cells, which have a very low T-
tubule density, there is a wave-like propagation of the Ca2+

transient from the sarcolemma to the cell interior [49]
(Figure 3(a)). Thus, in all of these cell types, Ca2+ release
is initially triggered following influx of Ca2+ at the surface
sarcolemma and at locations where T-tubules (and Ca2+
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Figure 1: Schematic representation of the dyadic neighborhood in normal and failing cells. (a) Excitation-contraction coupling occurs at
functional junctions between Ca2+ channels in the T-tubules and ryanodine receptors in the SR. Depending on their localization, other
proteins in the dyadic neighborhood such as SR Ca2+ ATPase (SERCA), NCX, NKA, and Na+ channels can also regulate Ca2+ homeostasis.
Question mark: The positioning of the Na+ channel at the dyad is still controversial. (b) During heart failure, T-tubule loss and/or
disorganization occurs leading to the formation of orphaned ryanodine receptors, which do not have apposing Ca2+ channels. Ca2+ release
in these regions is delayed leading to slower and weaker contractions. Other putative alterations in the dyadic neighborhood are indicated by
the question marks: (1) it is unclear whether the Na+ channel is present in the dyad of failing cardiomyocytes. Some experimental evidence
suggests that the distance between the SR and T-tubule is increased in heart failure (2), while T-tubule disorganization may lead to dyadic
clefts with variable width (3).

channels) are present, followed by propagation of released
Ca2+ into regions where T-tubules are absent. Since there is
a uniform distribution of RyRs across myocytes [47, 48, 50],
this diffusing Ca2+ may then trigger SR Ca2+ release. Meethal
et al. [51] observed spontaneous Ca2+ sparks at sites of

irregular gaps occurring between adjacent T-tubules in dog
cardiomyocytes. This shows the presence of functional RyRs
and suggests that a propagating Ca2+ wave could trigger
CICR at these locations. In atrial myocytes, the extent of
CICR propagation into the interior of the cell has been
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Figure 2: Examples of T-tubule alterations in various pathological states. Left panels show images from controls; right panels show images
from (a) chronically ischemic pig myocardium (from [43]), (b) failing atrial ovine cardiomyocytes (from [40]), and post-infarction heart
failure models in (c) mouse (from [44]) and (d) rat (from [45]). Panel (d) shows representative electron micrographs from control and
failing rat hearts showing T-tubule disruption. (e) Scanning ion conductance microscope images from the surface of human nonfailing
(control) and failing cardiomyocytes showing loss of T-tubular openings (from [46]). All figures are reproduced with permission.

shown to depend on both SR content and β-adrenergic tone
[50]. Thus, control of Ca2+ release synchrony does not solely
rely on T-tubular structure, but also on cardiomyocyte status.
These considerations may have particular significance in
pathological conditions, as will be described in the following
chapters. This discussion will initially and most thoroughly
address T-tubule alterations in heart failure, where there
are now considerable data available, followed by a briefer
discussion of more preliminary data from atrial fibrillation
and diabetes.

2. Heart Failure

Heart failure is a progressive and chronic disease, charac-
terized by an impaired ability of the heart to pump blood.
This condition is on the rise in the western world, and
diagnosis carries an alarmingly high mortality rate of more
than 60% after 5 years [54]. Depressed contractility in heart
failure is widely believed to result, at least in part, from
reduced magnitude of the cardiomyocyte Ca2+ transient
[29]. A number of studies have indicated that decreased
SR Ca2+ release in this condition results from lowered SR
Ca2+ content [55, 56], due to reduced SERCA function
and/or greater Ca2+ leak from the SR [29]. In addition, the
ability of the Ca2+ current to trigger CICR, the so-called
“gain of Ca2+ release”, is reduced in failing cells [43, 57–60].
Slowing of SR Ca2+ release also occurs in heart failure, which
slows contraction and additionally reduces the power of the
heartbeat [46, 61–69].

2.1. T-tubule Loss/Disorganization. A growing body of evi-
dence indicates that impaired Ca2+ homeostasis in failing

myocytes may involve alterations in T-tubular structure.
Kamp and colleagues [70, 71] observed loss of T-tubules in
ventricular cardiomyocytes in a dog model of tachycardia-
induced heart failure. This finding has since been confirmed
in other animal models of heart failure including post-
infarction rabbit [72] and rat [46], and pigs with chronic
ischemia [43] (Figure 2). Similar observations have also been
reported in failing human ventricular myocytes [46, 73].
A recent investigation of atrial T-tubules in heart failure
also showed dramatic T-tubule loss in sheep following atrial
pacing [40] (Figure 2).

Others have not observed decreased T-tubule density
in failing myocytes, but rather a structural disorganization.
We reported that heart failure progression in mice and rats
following myocardial infarction was associated with loss of
the uniform, transverse T-tubule pattern, with a greater
proportion of tubules present in the longitudinal direction
([44, 45], Figure 2). We additionally observed the appearance
of irregular gaps between adjacent T-tubules in failing cells.
Similar T-tubular disorganization has been observed in
myocytes from failing spontaneously hypertensive rats [47]
and in failing human left ventricle [74]. Dilated T-tubules
have also been reported in human heart failure [53, 73, 75].
Thus, there is now compelling evidence supporting altered T-
tubular structure in heart failure, although it is unclear under
what conditions this may be manifested as T-tubule loss or as
reorganization.

2.2. Slowed, Dyssynchronous Ca2+ Release. The consequences
of T-tubule alterations for EC-coupling were initially inves-
tigated by experimentally promoting T-tubule loss by either
cell culture [53, 76] or detubulation [52, 77]. In both cases,
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Figure 3: T-tubule density affects Ca2+ release synchrony. (a) Variable amount of T-tubules in different cell types affects the homogeneity
of the Ca2+ transient, as illustrated in confocal line scans of myocytes from mouse ventricle ((a), unpublished data), pig ventricle ((b), from
[43]), and cat atria ((c), from [49]). (b) Experimental loss of T-tubules using the detubulation technique causes delayed Ca2+ release in the
centre of the cardiomyocyte (from [52]). (c) T-tubules are lost when cardiomyocytes are kept in culture resulting in dyssynchronous slowing
of the Ca2+ transient (from [53]). All figures are reproduced with permission.

T-tubule loss was associated with desynchronization of Ca2+

release across the cell. When cells were detubulated, wave-
like propagation of the Ca2+ transient from the sarcolemma
to the cell interior was observed [52, 77, 78] (Figure 3(b)),
which resembled the pattern of Ca2+ release reported in
other cells with very low T-tubule density [8, 49, 79, 80]

(Figure 3(a)). With less dramatic T-tubule reduction during
cell culture, a fragmented Ca2+ release pattern was observed
[53] (Figure 3(c)). This indicated that SR Ca2+ release was
initially triggered at sites where T-tubules were present,
followed by propagation into regions devoid of T-tubules
[53]. This situation is similar then to that observed in normal



Journal of Biomedicine and Biotechnology 7

myocytes which have a moderate T-tubular density, such
as pig ventricular myocytes ([43], Figure 3(a)), and sheep
atrial myocytes [40]. Spatially summating Ca2+ release in
cells which had lost T-tubules showed that the overall Ca2+

transient became slowed and reduced in magnitude [52, 53]
(Figures 3(b) and 3(c)). Therefore, such experiments served
as proof of principle that large reductions in T-tubule density
could reproduce reported alterations in the failing Ca2+

transient.
Although dyssynchronous Ca2+ release was first observed

in failing myocytes by Litwin et al. [81], it was not until
later studies by Louch et al. [44] and Song et al. [47]
that such alterations were directly linked to alterations
in T-tubular structure. In both studies, small regions of
delayed Ca2+ release were observed to occur at irregular
gaps between adjacent T-tubules following T-tubule disor-
ganization (Figure 4). We demonstrated this phenomenon
by simultaneously visualizing the T-tubule network and
intracellular [Ca2+] (Figure 4(a)). Song et al. [47] employed
an alternative approach, and demonstrated that when intra-
cellular Ca2+ was highly buffered, regions of delayed Ca2+

release did not occur, as Ca2+ diffusion into the gaps between
T-tubules was prevented. They observed, however, that the
ryanodine receptor distribution remained intact in failing
myocytes, suggesting that T-tubule disorganization resulted
in some ryanodine receptors becoming “orphaned”, without
opposing Ca2+ channels. More recent work has similarly
linked T-tubule loss in failing ventricular [43, 46] and
atrial myocytes [40] to reduced Ca2+ release synchrony.
Importantly, as in studies with experimental loss of T-tubules
[52, 53, 76, 78], reduced Ca2+ release synchrony in failing
cells has been shown by a number of investigators to promote
slowing and broadening of the overall Ca2+ transient [43,
44, 46, 47], a hallmark of the failing condition. Results from
studies with experimental reduction in T-tubules (discussed
above) suggest that reduced T-tubular organization and/or
density also likely contributes to the reduction in Ca2+

transient amplitude in heart failure.

2.3. Ca2+ Current and Gain of Ca2+ Release. The concept
of orphaned ryanodine receptors, a spatial mismatching of
Ca2+ channels and ryanodine receptors (Figure 1(b)), was
initially proposed by Gómez et al. [82] to account for reduced
gain of Ca2+ release in failing myocytes. Recent direct
observation of divergent T-tubule and ryanodine receptor
localization supports this hypothesis [43, 47]. However,
reduced efficiency of the Ca2+ release trigger may also have
other underlying mechanisms. There is a general consensus
that L-type Ca2+ current density is unchanged in heart failure
when measured during voltage-clamp steps (for review, see
[29]). However, prolongation of the action potential and loss
of an early repolarization notch in failing cells reduce the
driving force for Ca2+ entry, resulting in decreased peak Ca2+

current [65, 83, 84]. In addition, the time course of Ca2+

entry is prolonged during the failing action potential, which
reduces efficiency for triggering Ca2+ release [65, 84]. Such
alterations in Ca2+ current desynchronize Ca2+ release, as has
been demonstrated by switching a voltage-clamped action

potential stimulus from a normal human action potential to
a failing human action potential [83, 84]. Importantly, this
dyssynchronous Ca2+ release pattern is variable from beat to
beat [83], which distinguishes it from the consistent pattern
maintained across beats caused by alterations in T-tubule
structure [44, 47]. We believe that slowed, dyssynchronous
Ca2+ release in failing cells likely results from a combination
of alterations in T-tubules and action potentials.

An alterative proposal put forward to explain reduced
gain of Ca2+ release in failing myocytes is an expansion
of the dyadic cleft, resulting in a greater distance between
Ca2+ channels and ryanodine receptors [60, 82]. To our
knowledge, there is not yet direct evidence based on imaging
to support this hypothesis. However, we have observed
that failing myocytes exhibit a longer delay between the
upstroke of the action potential and the upstroke of the
Ca2+ transient [44], which is consistent with this notion.
Importantly, this delay was observed at all locations across
the cell, not simply at those locations where large gaps
between neighboring T-tubules had led to the formation
of orphaned ryanodine receptors. We have proposed that
a more subtle drift of T-tubules may occur throughout
the cell, which less dramatically increases the T-tubule to
SR distance (Figure 1(b)), yet is sufficient to delay CICR
and reduce gain [44]. This hypothesis is supported by the
findings of Xu et al. [60], who also observed that failing
cells exhibited a slowed response of RyRs to the opening of a
single Ca2+ channel. This was associated with reduced CICR
efficiency, since there was a greater chance that RyRs would
not open, and Ca2+ release which was desynchronized across
the cell. Further work employing high resolution imaging
and detailed examination of local control of EC coupling
is required to confirm the hypothesis that expansion of the
dyadic cleft impairs cross-talk between L-type Ca2+ channels
and RyRs.

While L-type Ca2+ current density is generally observed
to be unchanged in heart failure [29], the number of Ca2+

channels is reportedly reduced [70, 85]. However, increased
single channel activity appears to maintain normal Ca2+

current density [85, 86], and this may result from increased
phosphorylation of the Ca2+ channel by protein kinase A
and/or CaMKII [86, 87]. Since Ca2+ channels are concen-
trated in the T-tubules, a decrease in Ca2+ channel number
would, in fact, be expected in failing myocytes if T-tubules
are lost. Indeed, experimentally promoting loss of T-tubules
results in decreased Ca2+ current density [53, 88]. The con-
sequence of reduced Ca2+ channel number for EC-coupling
in failing cells is unknown. Litwin et al. [81] observed that
reduced Ca2+ current density in cardiomyocytes isolated
from the border zone of post-infarction rabbit promoted
dyssynchronous Ca2+ transients. It is unclear whether loss of
Ca2+ channels in failing cardiomyocytes from non-infarcted
myocardium might also promote dyssynchrony, but this
almost certainly depends on the localization of remaining
channels. Are they redistributed between T-tubules and the
surface sarcolemma? Some dyads are clearly disrupted by
T-tubule reorganization (Figure 1(b)), but do those which
remain intact have a normal composition of Ca2+ channels
and ryanodine receptors? This issue could be addressed by
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Figure 4: Dyssynchronous Ca2+ transients in failing cardiomyocytes. (a) Simultaneous imaging of T-tubules stained with di-8-ANEPPS and
Ca2+ transients in fluo-4-AM loaded myocytes using confocal line scans. The position of the line scan is indicated as a vertical dotted line in
T-tubule images, and T-tubules appear as horizontal lines in line-scan images. In myocytes from mice with congestive heart failure (CHF)
following myocardial infarction, Ca2+ release was delayed in regions lacking T-tubules (right panel), but was synchronous in sham-operated
controls (left panel), from [44]. (b) Regions of delayed Ca2+ release were also observed in cardiomyocytes from spontaneously hypertensive
rats with heart failure (SHR/HF), but not in controls (Wistar-Kyoto (WKY) rats). From [47] Copyright (2006) National Academy of Sciences,
USA. All figures are reproduced with permission.

the technique of Hayashi et al. [5], who recently employed
electron tomography to estimate the number of RyRs in each
dyad based on the calculated dyadic volume. In addition,
the number of Ca2+ channels present in a couplon could
be calculated by detailed analysis of Ca2+ sparks [89, 90].
To date, more rudimentary analyses of Ca2+ sparks have
indicated that sparks in failing myocytes have similar
characteristics to those from normal cells [57, 60].

Even without alterations in T-tubular structure, L-type
Ca2+ current characteristics would be expected to be altered
in heart failure. The reduced amplitude and slowed time
course of Ca2+ release would be predicted to reduce Ca2+-
dependent inactivation. However, alterations in Ca2+ current
kinetics have often not been observed in failing myocytes
[87, 91]. Bito et al. [87] have suggested that this apparent
discrepancy may result from superimposition of NCX cur-
rent over Ca2+ currents, which impairs detection of altered
Ca2+ current kinetics. On the other hand, at least at high
stimulation frequencies, greater Ca2+ current inactivation
might be expected in failing myocytes, as lowered SERCA
function promotes cytosolic Ca2+ accumulation [87, 92–
94]. Such alterations may contribute to the negative force-
frequency response which is a characteristic of human heart
failure [56]. Finally, facilitation of Ca2+ current might be
altered since this phenomenon is tightly regulated by SR-
derived Ca2+ release [95], which is reduced in heart failure,
and CaMKII [96] which is upregulated [97]. Importantly,

loss of T-tubules may reduce facilitation, since Ca2+ current
is preferentially modulated by SR Ca2+ release at the T-
tubules rather than at the surface sarcolemma [88]. Indeed,
studies conducted to date have shown decreased facilitation
in failing human atrial and ventricular myocytes [88, 98, 99].

2.4. Ryanodine Receptor Function. There is growing evidence
that ryanodine receptor function is importantly altered
in heart failure. In isolated bilayer experiments, Marx et
al. observed greater RyR activity [69] and suggested that
greater SR Ca2+ leak via RyRs contributes to reduced SR
Ca2+ content. This finding has since been confirmed in
intact myocytes [100, 101]. The Marks group proposed
that increased leak results from “hyper-phosphorylation”
of RyR by PKA, which causes dissociation of FKBP12.6
from RyR [69]. This destabilizes the RyR complex, and
causes functional uncoupling of neighboring RyRs [102].
Thus, while arrays of RyRs normally tend to open and close
together, RyR uncoupling in failing myocytes is proposed
to result in a greater open probability during diastole.
However, these findings remain controversial as other groups
have not been able to document dissociation of FKBP12.6
from RyR in either healthy or diseased myocytes [103–
105]. Instead, recent work has suggested that greater RyR
activity in heart failure may result from phosphorylation
by Ca2+/calmodulin-dependent protein kinase II [106] or
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increased relative expression of RyR regulatory proteins tri-
adin and junctin [100]. Regardless of the underlying mecha-
nism, increased SR Ca2+ leak is believed to be detrimental in
heart failure since reduced SR content impairs contractility.
In addition, increased Ca2+ leak is thought to be pro-
arrhythmic since spontaneously released Ca2+ is extruded
from the cell by NCX, resulting in afterdepolarizations which
may trigger an extra action potential [29].

It is unclear if and how alterations in RyR function
in heart failure are related to T-tubular changes. However,
Meethal et al. recently reported that in failing cells, spon-
taneous Ca2+ sparks occur more frequently at the irregular
gaps between T-tubules created by T-tubule loss [51].
Resting Ca2+ levels were also higher at these locations. These
observations suggest that orphaned ryanodine receptors
exhibit greater activity than those in intact dyads, and that
this overactivity may importantly contribute to increased SR
leak and arrhythmic potential in failing cells. Are groups
of orphaned RyRs also functionally uncoupled? Perhaps,
and if so, such alterations might theoretically exacerbate
Ca2+ release dyssynchrony by slowing propagation of CICR
into regions where T-tubules are absent. Similarly, altered
SR content and β-adrenergic tone might also influence
synchrony by affecting wave propagation speed [77].

2.5. Other Alterations in the Dyadic “Neighborhood”. The
neighborhood of proteins controlling local Ca2+ concen-
tration in the dyad is complex, and includes many more
proteins besides L-type Ca2+ channels and ryanodine recep-
tors. As described in the introduction, Ca2+ regulation is
closely linked to the activity of Na+-handling proteins. NCX
expression and activity are increased in heart failure, and
reverse-mode function is enhanced due to action potential
prolongation, a reduced Ca2+ transient, and elevation of
intracellular [Na+] (for review see [107]). Depending on
the precise arrangement of the dyadic neighborhood, greater
NCX-mediated Ca2+ entry might play an increased role in
triggering Ca2+ release in heart failure. However, such a role
depends on the relative proximity of NCX, ryanodine recep-
tors, and the Na+ channel [30], and these measurements
have not yet been reported in failing myocytes. Regardless,
increased NCX-mediated Ca2+ entry is believed to support
the Ca2+ transient in heart failure, partially counteracting
reductions in SR content resulting from SERCA downregu-
lation [107]. However, Fowler et al. [108] showed that Na+

accumulation was not translated into SR loading when cells
were detubulated, and that this resulted in the development
of a negative force-frequency relationship. Therefore, loss of
NCX molecules along with T-tubules in failing myocytes may
have significant consequences, especially at physiological fre-
quencies. Confirmation of this hypothesis awaits a detailed
examination of NCX distribution in failing cells.

Increased Na+ levels in heart failure [109–111] appear to
result, at least in part, from reduced expression and activity
of the Na+-K+ ATPase [28, 45]. We have observed that the
Na+-K+ ATPase α2 isoform is preferentially localized in the
T-tubules, where it regulates local [Na+] near NCX [24].
Therefore, down-regulation of α2 isoform in heart failure

impairs crosstalk between the Na+–K+ ATPase and NCX,
which may locally elevate [Na+] and impair NCX-mediated
Ca2+ extrusion [28, 45]. There is also growing evidence that
increased late Na+ current [112–114] and increased Na+-H+

exchanger activity [111, 115] additionally contribute to Na+

accumulation in failing cells.
Interestingly, although T-type Ca2+ channels are nor-

mally expressed at very low density in ventricular cells, a
number of studies have reported that their expression is
up-regulated in hypertrophy and heart failure (for review
see [116]). In myocytes from rats with pressure overload,
Martı́nez et al. [117] observed that T-type Ca2+ channel
entry was one-third that carried by L-type channels, and
thus a significant contributor to overall Ca2+ influx. It is
unknown if T-type channels are expressed in the dyad or
T-tubules of failing cells, but if so it is possible that they
may importantly modulate local [Ca2+], or even serve as
triggers for Ca2+ release. However, in possible contradiction
to this notion, a recent study employing T-type channel over-
expression showed preferential targeting of these channels
to the surface sarcolemma [118]. Nevertheless, increased T-
type Ca2+ channel expression is not without consequence,
as it has been shown to play an important role in triggering
of pathological cellular hypertrophy [119], and may be pro-
arrhythmic [120].

Although the PMCA is believed to be only a minor
contributor to Ca2+ removal during the decline of the Ca2+

transient [20], data from the NCX knockout mouse suggest
that this Ca2+ pump can have a surprisingly large capacity
to extrude Ca2+ when challenged [121]. Similarly, we have
suggested that PMCA up-regulation might help maintain
diastolic function following SERCA knockout [28, 122].
Therefore, with reduced SERCA function and impaired
NCX-mediated Ca2+ extrusion (due to [Na+]i accumulation)
in failing cells, the PMCA may theoretically become a more
important Ca2+ extrusion pathway. However, a recent study
by Mackiewicz et al. [123] showed that PMCA function is, in
fact, progressively reduced during heart failure progression
in rats following myocardial infarction. To our knowledge,
no other data on PMCA function in heart failure are
currently available, and protein localization is unknown.
Based on available information, it appears that PMCA
function in heart failure is most importantly involved with
signaling pathways underlying cellular hypertrophy [124,
125] and not maintenance of the Ca2+ transient.

Another Ca2+ transporting protein which has recently
come into focus in ventricular cardiomyocytes is the inositol
1,4,5-triphosphate receptor (IP3R). Initially thought to play
only a minor role in ventricular cells since it is markedly
outnumbered by the RyRs (50 : 1) [126], recent evidence
shows that there is an important upregulation of IP3Rs in
the junctional SR during hypertrophy and heart failure [127].
The authors showed that although Ca2+ fluxes through IP3Rs
are smaller than through RyRs [128], enhanced Ca2+ release
through IP3Rs in hypertrophic cardiomyocytes increases
Ca2+ transient magnitude. Although such an effect might
be thought beneficial, increased IP3R-mediated Ca2+ release
is arrhythmogenic since the close proximity of IP3Rs and
RyRs leads to RyR sensitization [127]. The presence of NCX
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nearby IP3Rs would promote early afterdepolarizations and
thus extra-systolic Ca2+ transients. However, it remains to be
determined how loss/disorganization of the T-tubules affects
the distance between NCX and IP3Rs during heart failure.
Ankyrin-B may be importantly involved, since this protein
coordinates NCX, NKA and IP3R in a cardiac T-tubule/SR
microdomain [129].

The above discussion illustrates that there are complex
modifications in the dyadic neighborhood in heart failure,
involving RyR, the L-type Ca2+ channel, and Na+ handling
proteins such as the Na+-K+ ATPase and NCX. To fully
understand the heart failure phenotype, it is critical that
alterations in the distribution and function of these proteins
are elucidated. This investigation will require a detailed
analysis of T-tubule composition, and not simply overt
changes in T-tubular structure as has largely been conducted
to date.

3. Atrial Fibrillation

Atrial fibrillation is a common type of arrhythmia which is
caused by local reentry circuits. This prevents coordinated
atrial contraction, which compromises the heart’s blood
pumping capacity [130]. There is also an increased risk
of stroke in this condition since blood pools and clots
in the dysfunctional atria [131]. Recent evidence suggests
that decreased contractile force of the atrial muscle [132]
may, at least partly, result from pathological alteration of
T-tubular structure. Lenaerts et al. [41] observed a 45%
reduction in T-tubule density in right atrial cardiomyocytes
following persistent atrial fibrillation. As in reports from
failing myocytes described above, T-tubule loss during atrial
fibrillation was associated with spatially dyssynchronous
Ca2+ release but an intact ryanodine receptor distribution
[41]. Therefore, the authors suggested that a reduced effi-
ciency of EC coupling in this condition results from fewer
Ca2+ channel-RyR couplings (more orphaned ryanodine
receptors), and that this effect contributes to reduced Ca2+

transient and contraction magnitude.
While some myocyte alterations following atrial fibrilla-

tion may resemble those that occur in failing myocytes, there
are also important differences. Unlike in heart failure, atrial
myocytes following persistent fibrillation are widely reported
to exhibit reduced L-type current density [41, 133–136].
Interestingly, L-type Ca2+ channel expression is reported to
be reduced in both conditions [41, 70, 85, 133], while single
channel function is increased [85, 86, 137]. It is unclear why
this increase in function is sufficient to maintain normal
current density in heart failure but not atrial fibrillation.
Another important difference between the two conditions is
that SR content is widely reported to be reduced in heart
failure [55, 56] but may be normal in atrial fibrillation [41].
This might suggest that loss of T-tubules and associated
Ca2+ channels is a primary defect in Ca2+ homeostasis in
atrial fibrillation, but only one component of more complex
alterations in heart failure. In both conditions, impaired
function of the contractile machinery has also been proposed
[138, 139].

Lenaerts et al. [41] were the first to examine T-tubule
alterations in atrial fibrillation, but more investigation is
required. For example, the importance of slowing of Ca2+

release has not yet been demonstrated in this condition,
but would be expected to reduce contractile power. As
discussed above, important pathological alterations in the
dyadic neighborhood may include modified targeting and
regulation of Ca2+- and Na+-handling proteins, and this issue
also remains largely unexplored in atrial fibrillation.

4. Diabetic Cardiomyopathy

Many diabetic patients exhibit cardiac dysfunction [140].
In type-2 diabetes, reduced in vivo and cardiomyocyte con-
tractile functions are modeled in the db/db insulin-resistant
“diabetic” mouse [141–144]. Decreased contractility in these
mice is associated with greater SR Ca2+ leak, which reduces
SR Ca2+ content and the magnitude of the Ca2+ transient
[142, 144]. In addition, the magnitude of the L-type Ca2+

current is reduced while single channel activity is increased
[141]. This suggests that there are a decreased number
of Ca2+ channels, similar to that reported in heart failure
and atrial fibrillation. In a recent study, Stølen et al. [144]
showed that cardiomyocytes from sedentary db/db mice
exhibit reduced T-tubule density, which may account for
Ca2+ channel loss. As expected, T-tubule loss was associated
with dyssynchronous SR Ca2+ release and reduced Ca2+

transient amplitude. Although Ca2+ release kinetics were not
reported in this study, an expected reduced rate of rise of the
Ca2+ transient could contribute to the slowed contraction
observed in vivo [142]. Another interesting observation in
myocytes from db/db mice is a longer delay between the
stimulus and the upstroke of the Ca2+ transient [144]. This
is in agreement with our finding in failing post-infarction
cardiomyocytes [44], which we have hypothesized reflects an
expansion of the dyadic cleft (Figure 1(b)). Although such
alterations together with T-tubule loss would be expected
to reduce CICR efficiency, Pereira et al. [141] reported
unaltered gain of EC coupling in db/db cardiomyocytes.
The reason for this apparent discrepancy is unclear, but it
may result from other unknown alterations in the dyadic
neighborhood.

T-tubule alterations have also been reported in GK/Jcl
and SDT/Jcl rat models of type II diabetes [145]. Although
T-tubule loss was not observed in these models, the authors
showed a disorganization of T-tubules and a decrease in the
number of complete SR/T-tubule junctions. Ca2+ homeosta-
sis was not investigated in this study, but dyssynchronous
Ca2+ release would be expected. However, dyssynchronous
Ca2+ transients have been reported in cardiomyocytes iso-
lated from rats with streptozotocin-induced type-1 diabetes
[146]. However, in this study dyssynchrony was attributed to
a subpopulation of RyRs (37% of total RyR number) which
were unresponsive to Ca2+. They proposed that some of these
inactive RyRs may be localized in the dyad, preventing Ca2+

influx through L-type Ca2+ channels from triggering SR Ca2+

release. We suggest that Ca2+ channels in these inactive dyads
could be described as “functionally orphaned”, a reversal
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of the situation that arises when ryanodine receptors are
orphaned by removal of dyadic Ca2+ channels following T-
tubule disruption. Interestingly, Shao et al. [146] observed
that functional RyRs remaining in diabetic myocytes were
hyperphosphorylated, which resulted in greater activity,
increased SR Ca2+ leak, and reduced SR content [146]. Both
Ca2+ transients and contractions were reduced in magnitude
and exhibited a slowed rate of rise, as expected when SR
content is reduced and SR Ca2+ release desynchronized. If
and how modifications in T-tubular structure contribute to
altered Ca2+ homeostasis in type-1 diabetes remains to be
determined.

5. Mechanisms Controlling T-tubular
Structure and Growth

Our discussion thus far has described T-tubules and the
dyadic neighborhood in health and disease, but not the
mechanisms controlling their formation and maintenance.
T-tubules are absent at birth, and develop thereafter by
progressive invagination from the surface sarcolemma [2,
10]. Caveolae, which are small bulbous pockets at the cell
surface, and the associated protein caveolin are believed to
play an essential role in this process [147]. However, RyRs
are present in the SR and aligned at the Z-disc very early
in development [148]. The formation of dyads is therefore
dependent on the later development of T-tubules. Ziman
et al. [9] recently showed that dyad formation occurs as
junctophilin-2 arrives with the maturing T-tubules. This
protein spans the dyadic cleft, and anchors the T-tubular and
SR membranes [149]. This role is believed critical for dyad
formation, as junctophilin arrival at this location establishes
efficient and spatially synchronous EC coupling [9].

Junctophilin alterations may promote loss of dyadic
integrity in pathophysiological conditions. The interaction
between junctophilin and caveolin-3 is down-regulated in
cardiomyopathy [150]. In addition, junctophilin mutations
are reported in cardiomyopathy patients [151, 152]. We
hypothesize that abnormal junctophilin expression or func-
tion may promote drift of L-type Ca2+ channels from RyRs
as the dyad becomes unanchored, resulting in reduced CICR
gain. Indeed, decreased junctophilin expression in the triadin
knockout mouse was recently reported to be associated with
decreased colocalization of Ca2+ channels and RyRs [153].

A tubule-forming protein called amphiphysin-2 may also
be involved in T-tubule maintenance. In skeletal muscle,
this protein has been shown to be highly concentrated
at the T-tubules [154], and Lee et al. [155] reported
that expressing amphiphysin 2 in nonmuscle cells induces
T-tubule-like invaginations in the plasma membrane. In
addition, amphiphysin 2 mutation results in disorganized T-
tubular structure in skeletal muscle [156]. Since this protein
links the plasma membrane with submembranous cytosolic
scaffolds [157], this finding suggests that unanchoring of the
T-tubules from the cytoskeleton may lead to T-tubule drift.
Although a role of amphiphysin 2 in T-tubule formation
and maintenance is not yet established in cardiomyocytes,
connections between the sarcolemma and cytoskeleton are

well known [158]. Interestingly, failing cardiomyocytes show
disorganization of cytoskeleton structure [158], and loss of
T-tubules during cell culture has been linked to changes
in actin [159]. Therefore, while T-tubule drift may occur
if cytoskeletal anchors are disrupted, alterations in the
structure of the cytoskeleton itself might also contribute to
T-tubule changes in disease states.

During normal myocyte maintenance, lysosomes are
known to degrade cellular organelles by autophagy [160,
161]. Interestingly, Meethal et al. [51] recently reported that
in both normal and failing cardiomyocytes, lysosomes were
present at gaps between T-tubules, suggesting that T-tubule
degradation was occurring at these locations. They also
observed that T-tubule loss in failing myocytes was associated
with increased density of lysosomes. It is as yet unclear
whether greater lysosome activity is the initiating event
responsible for abnormal T-tubule degradation. Insight into
this issue might be provided by an investigation of T-tubules
in lysosomal storage diseases, although we are unaware of any
such study to date.

The finding that heart failure, atrial fibrillation, and
type-2 diabetes are all associated with T-tubule disruption,
suggests that this is may be a common outcome triggered by
hypertrophy. Interestingly, physiological hypertrophy result-
ing from training is not associated with T-tubule disruption
[144]. This suggests that T-tubule disruption may result
from activation of signaling pathways which are specifically
involved in pathological hypertrophy.

6. Treatment/Future Perspectives

Based on what is now extensive evidence that altered T-
tubular structure may contribute to the pathophysiology
of several disease states, it is clear that T-tubules have the
potential to serve as therapeutic targets. Preventing T-tubule
loss and/or disorganization would be expected to improve
Ca2+ release synchrony, leading to a more rapid rise of
the Ca2+ transient and greater contractile power. To our
knowledge, the only such intervention reported to date is
exercise training. Stølen et al. [144] observed that db/db
diabetic mice which underwent aerobic interval training
avoided the T-tubule loss and Ca2+ release dyssynchrony
present in sedentary mice. It is unknown which pathways
activated by exercise training afforded this protection.

Development of more targeted treatment strategies will
almost certainly rely on an improved understanding of the
mechanisms underlying T-tubular maintenance as discussed
above. Molecular targets may include components of the
cytoskeleton and signaling molecules involved in triggering
hypertrophy. Theoretically, promoting growth of new T-
tubules could also be beneficial. For example, proliferation
of longitudinal tubules, as has been observed in pathological
conditions might provide greater opportunity for Ca2+

cycling across the sarcolemma, and also SR Ca2+ release if
dyads form at these new tubules. Synchrony of Ca2+ release
also might be increased by reducing the occurrence and
size of delayed release regions by increasing the velocity at
which Ca2+ propagates. Although the precise mechanisms
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controlling Ca2+ wave speed are only beginning to be
elucidated, it appears that increasing SR Ca2+ content and β-
adrenergic tone may promote greater Ca2+ release synchrony
[77]. Altering T-tubule composition also has therapeutic
potential. Strategies aimed at increasing expression of the
L-type Ca2+ channel and NCX may be beneficial, as we
have recently observed that enhanced transsarcolemmal Ca2+

cycling can remarkably compensate for impaired SR function
[28, 122]. Finally, it may be possible to optimize the role of
NCX as a Ca2+ release trigger in failing cardiomyocytes by
precisely localizing other Na+ handling proteins in the dyad,
or by direct molecular enhancement of NCX activity.

7. Summary

In this review, we have described the dyadic neighborhood
established by the close proximity and functional coupling of
the T-tubular and SR membranes. This neighborhood allows
for tight local control of [Ca2+]. It includes Ca2+ channels
and RyRs, as well as proteins involved with Na+ homeostasis
and maintenance of dyadic integrity. We have summarized
data indicating that T-tubule loss and/or disorganization
occurs in heart failure, atrial fibrillation, and diabetic
cardiomyopathy. Resulting alterations in the dyadic neigh-
borhood are associated with reduced Ca2+ release synchrony
and impaired efficiency of CICR. Other modifications in EC
coupling proteins which may be shared between these disease
states include greater RyR leak, decreased Ca2+ channel
number, and increased single Ca2+ channel activity. While
the mechanisms responsible for disruption of the dyadic
neighborhood remain largely unknown, recent evidence
indicates that anchoring of the dyad may be importantly
compromised. We suggest that further investigation of
these mechanisms will reveal novel therapeutic targets for
improving EC coupling in pathophysiological conditions.
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Mitochondrial disorders are a heterogeneous group of often multisystemic and early fatal diseases, which are amongst the most
common inherited human diseases. These disorders are caused by defects in the oxidative phosphorylation (OXPHOS) system,
which comprises five multisubunit enzyme complexes encoded by both the nuclear and the mitochondrial genomes. Due to the
multitude of proteins and intricacy of the processes required for a properly functioning OXPHOS system, identifying the genetic
defect that underlies an OXPHOS deficiency is not an easy task, especially in the case of combined OXPHOS defects. In the present
communication we give an extensive overview of the proteins and processes (in)directly involved in mitochondrial translation
and the biogenesis of the OXPHOS system and their roles in combined OXPHOS deficiencies. This knowledge is important for
further research into the genetic causes, with the ultimate goal to effectively prevent and cure these complex and often devastating
disorders.

1. Introduction

Mitochondria are essential organelles that are present in
virtually all eukaryotic cells. They originated from an ances-
tral alpha-proteobacterial endosymbiont [1]. The primary
function of the mitochondrion is ATP production via the
oxidative phosphorylation (OXPHOS) pathway. Addition-
ally, mitochondria have been found to perform crucial roles
in many other metabolic, regulatory and developmental
processes. Mitochondrial dysfunction can therefore result
in a variety of diseases, including common multifactorial
disorders such as diabetes [2, 3] and Parkinson’s disease [4].
Furthermore, mitochondria are implicated in the normal
aging process [5, 6]. The term mitochondrial disorder usually
refers to diseases that are caused by disturbances in the
OXPHOS system. This is a heterogeneous group of often
multi-systemic and early fatal diseases, which are amongst
the most common inherited human diseases [7].

The OXPHOS system is embedded in the mitochon-
drial inner membrane and consists of five multiprotein
enzyme complexes (I–V) and two electron carriers [8]. The
main function of the system is the coordinated transport

of electrons and protons, resulting in the production of
ATP. The great complexity of the OXPHOS system, which
comprises almost 90 proteins encoded by both the nuclear
and the mitochondrial genomes, explains the heterogeneity
in clinical phenotypes that are associated with genetic
defects in oxidative phosphorylation. Approximately 67%
of the OXPHOS disorders diagnosed at our centre consist
of isolated enzyme deficiencies, whereas in 33% of the
cases multiple enzyme complexes show lowered activities
[9]. Due to the dual genetic control, the defect can be
located on the nuclear (n) as well as the mitochondrial (mt)
DNA. Isolated OXPHOS deficiencies are generally caused
by mutations in structural genes (encoding subunits of the
OXPHOS system) or in genes encoding proteins involved
in the assembly of a specific OXPHOS enzyme complex
[10, 11]. For combined deficiencies the situation is more
complicated. Most mutations associated with combined
OXPHOS defects have been reported in mtDNA-encoded
transfer (t) and ribosomal (r) RNAs [12]. Additionally,
nDNA-encoded proteins required for the replication and
integrity of mtDNA, such as polymerase γ and thymi-
dine kinase, are implicated in combined deficiencies [13].



2 Journal of Biomedicine and Biotechnology

Recently, mutations in nine different nuclear gene products
involved in mitochondrial protein synthesis were reported:
elongation factors mtEFG1, mtEFTs and mtEFTu, small ribo-
somal subunit proteins MRPS16 and MRPS22, aspartyl- and
arginyl-tRNA synthetases, and tRNA-modifying enzymes
PUS1 and TRMU [14–25]. These findings defined a new class
of gene defects underlying combined OXPHOS disorders.
In general, when multiple OXPHOS enzymes are affected,
the genetic defect is presumed not to be located in genes
encoding OXPHOS subunits, but rather in genes needed
for mtDNA maintenance, mitochondrial transcription or
translation including posttranscriptional or -translational
processes, import of nDNA-encoded proteins into the mito-
chondrion or mitochondrial membrane biogenesis. Given
the number of proteins involved in these processes, a
comprehensive overview of the processes and proteins that
could be implicated in combined OXPHOS deficiencies
is important for further research into the cause of these
complex diseases.

This review will focus on the mammalian mitochon-
drial translation and its role in mitochondrial disorders.
However, other processes implicated in combined OXPHOS
deficiencies, in particular combined OXPHOS deficiencies
with normal complex II activities, and indirectly related to
mitochondrial translation will also be outlined. We will first
describe which processes are required before protein syn-
thesis can take place in the mammalian mitochondrion and
which components are needed for these processes. Second,
the current state of knowledge of the mitochondrial transla-
tion machinery and the mechanism of translation, including
regulation and functions of translation factors beyond
protein synthesis, will be discussed. Third, we will cover post-
translational processes with a functional OXPHOS system as
end result. Fourth, we will give a non-exhaustive overview of
the mutations that have been reported to impair mitochon-
drial protein synthesis and result in OXPHOS deficiencies.
And finally, prospects of research into the pathogenesis of
mitochondrial disorders will be mentioned.

2. Requirements before Mitochondrial
Translation Can Take Place

For translation in the mitochondrion to be able to take
place, a number of conditions have to be fulfilled. First of
all, mtDNA has to be present, maintained, replicated and
transcribed. Additionally, nuclear-encoded proteins required
for the proper functioning of the mitochondrion have to be
imported from the cell cytoplasm. These processes will now
be discussed successively. Figure 1 gives an overview of the
major processes (in)directly involved in the biogenesis of the
OXPHOS system and covered in this review.

2.1. Human mtDNA. The mitochondrial genome is a
double-stranded, circular molecule of 16 659 base pairs. It
is a highly compact genome that lacks introns and contains
only one major non-coding region (the displacement or D-
loop) and 37 genes, which code for 22 tRNAs, 2 rRNAs and
13 polypeptide subunits of the OXPHOS complexes I, III,

IV and V [26]. These genes are located on both strands of
the mtDNA molecule, the heavy (H) and light (L) strand.
MtDNA has a mutation rate 10–20 times that of nDNA [27–
29], which is thought to be caused by the lack of protective
histones, slightly limited DNA repair and proximity to
damaging reactive oxygen species (ROS) generated at the
inner membrane. The unique features of mitochondrial
genetics are essential for understanding the etiology and
pathogenesis of mitochondrial disorders [30]: (a) mtDNA
is maternally inherited; (b) cells typically contain hundreds
of mitochondria and thousands of mtDNA molecules (poly-
plasmy); (c) mutations can affect all mtDNA copies in an
individual (homoplasmy) or only some copies resulting in
the coexistence of two or more mtDNA genotypes within a
single cell, organ or individual (heteroplasmy); (d) in case of
heteroplasmy, a minimum percentage of mutated mtDNAs
has to be present in a cell for the OXPHOS system to
malfunction (threshold effect) and this threshold level varies
widely between different tissues; (e) during mitosis both
normal and mutant mtDNA are randomly distributed to the
daughter cells, which can result in changing mutational loads
during the life of the patient and different mutational loads
in different cells and tissues (mitotic segregation).

2.2. Maintenance and Replication of mtDNA. Unlike nDNA,
which replicates only once during cell division, mtDNA
is continuously replicated, independent of the cell cycle
and also in non-dividing cells such as skeletal muscle
fibers and central neurons [31]. Replication is generally
thought to take place via a strand-asynchronous mechanism
involving two unidirectional, independent origins [32, 33].
Synthesis starts at the origin of H-strand replication (OH)
in the D-loop and proceeds along the parental L-strand
to produce a full daughter H-strand. When the second
origin (OL) at two thirds of the way around the genome
is reached, DNA synthesis of the L-strand initiates in the
opposite direction. Recently, however, a bidirectional mode
of mtDNA replication has been proposed [34, 35]. This
second mechanism involves a coupled leading- and lagging-
strand synthesis and is reported to exist along with the
strand-asynchronous mechanism.

MtDNA replication is achieved by a number of nuclear-
encoded proteins. First of all, the only DNA polymerase
present in mammalian mitochondria: polymerase γ. Poly-
merase γ is a heterotrimer consisting of a catalytic sub-
unit with proof-reading ability (POLG) and two identical
accessory subunits (POLG2) that bind DNA and increase
the processivity of POLG. Second, Twinkle is a 5′ to 3′

DNA helicase that unwinds double-stranded mtDNA and
thereby plays a role in mtDNA maintenance and regulation
of mtDNA copy number. Third, the mitochondrial single-
stranded binding protein (mtSSB) is thought to maintain
the integrity of single-stranded regions of DNA at replication
forks and to stimulate the activity of Twinkle and polymerase
γ. Additionally, several topoisomerases regulate supercoiling
of mtDNA. Furthermore, mtDNA ligase III is involved in
replication as well as repair of the mitochondrial genome.
For replication initiation, RNA primers are needed. An
as yet unidentified mtDNA primase likely provides the
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Figure 1: Schematic overview of the processes involved in mitochondrial translation and the biogenesis of the OXPHOS system. Before
translation can take place in the mitochondrion, the mtDNA needs to be maintained, replicated and transcribed and numerous nDNA-
encoded proteins have to be imported into the mitochondrion for these processes and for mitochondrial translation itself (see Figure 2 for
more details on mitochondrial translation and its components depicted here). For the formation of the OXPHOS system, the nDNA- and
mtDNA-encoded subunits need to be synthesized, imported, inserted into the inner membrane and assembled into enzyme complexes. The
13 mRNAs depicted refer to 9 monocistronic and 2 dicistronic transcripts. Proteins implicated in mitochondrial disorders are mentioned
in brackets (also see Table 1). CI–CV = complex I–V of the OXPHOS system; TIM and TOM = translocase of the inner and outer
mitochondrial membranes.

RNA primer for L-strand synthesis, whereas the mitochon-
drial transcription machinery is involved in RNA primer
formation for H-strand synthesis (see Section 2.3). RNase
mitochondrial RNA processing endonuclease (RNase MRP)
and endonuclease G are implicated in processing of the
precursor RNA primers for H-strand replication. Last, RNase
H1 has been proposed to be involved in replication of the
mitochondrial genome by removal of the RNA primers.
Ligase III, RNase MRP and RNase H1 are not specific
mitochondrial proteins; they are also located in the cell
nucleus. For a more detailed description of mitochondrial
replication see a review by Graziewicz et al. [36].

Furthermore, various other proteins are indirectly
involved in the maintenance of mtDNA either through
protecting the mitochondrial genome, repairing mtDNA
damage, or supplying nucleotide pools. Firstly, the
protection of the mitochondrial genome. MtDNA is
packaged into protein-DNA complexes called nucleoids,
which are believed to be the units of mtDNA transmission
and inheritance [37, 38]. Among the nucleoid components

are proteins involved in the maintenance, replication and/or
transcription of mtDNA, such as mtSSB, Twinkle, POLG
and TFAM (mitochondrial transcription factor A). Secondly,
mtDNA repair is crucial to avoid accumulation of damage to
the rapidly replicating mitochondrial genome. Mitochondria
possess multiple repair mechanisms, but these are beyond
the scope of this review (detailed descriptions of mtDNA
repair have been published previously [39, 40]). Thirdly,
a proper balance of the mitochondrial (deoxy)nucleoside
triphosphate ((d)NTP) pools, accomplished by mitochon-
drial transport proteins and salvage pathway enzymes, is
also essential for mtDNA maintenance and replication (for
an overview of mitochondrial dNTP metabolism and all
proteins involved, see [41]). Shortage and/or imbalance
of the dNTP pool could affect the efficiency and accuracy
of mitochondrial replication. Additionally, disturbances of
the NTP pool may interfere with replication by affecting
the synthesis of the RNA primers necessary for replication
initiation. This could subsequently lead to deletions in
the mtDNA or depletion (i.e., reduced copy number) of
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the mitochondrial genome. A number of mitochondrial
disorders are caused by defects in the mitochondrial
dNTP metabolism due to mutations in the following nine
nuclear genes: DGUOK, TK2, TYMP, SLC25A4, SLC25A3,
SUCLG1, SUCLA2, RRM2B, and MPV17 (for reviews
see [13, 42, 43]). Mitochondrial deoxyguanosine kinase
(DGUOK) and thymidine kinase (TK2) catalyze the first
step in the salvage pathways of pyrimidine and purine
deoxynucleosides, respectively. In the salvage pathway,
deoxynucleosides are activated by stepwise phosphorylation
leading to formation of the dNTPs. The cytoplasmic enzyme
thymidine phosphorylase (TYMP) catalyzes the reversible
phosphorylation of thymidine and thereby regulates the
availability of thymidine for DNA synthesis. Additionally,
adenine nucleotide translocators (ANT) are needed to regu-
late the concentration of adenine nucleotides by exchanging
ATP for ADP in and out of the mitochondrial matrix;
SLC25A4 (ANT1) is the heart and skeletal muscle specific
isoform. The mitochondrial phosphate carrier SLC25A3
transports inorganic phosphate into the mitochondrial
matrix. SUCLG1 and SUCLA2 encode the α- and β-subunits
of the Krebs cycle enzyme succinate-CoA ligase (SUCL).
Defects in these genes could lead to mtDNA depletion
through decreased activity of the mitochondrial nucleotide
diphosphate kinase (NDPK), which functions in the last step
of the mitochondrial dNTP salvage pathway and associates
with SUCL. The p53R2 subunit (encoded by RRM2B) of the
cytosolic enzyme ribonucleotide reductase is required for de
novo deoxyribonucleotide synthesis in nonproliferating cells,
thereby supplying dNTPs for nDNA repair and mtDNA
synthesis. Finally, the mitochondrial inner membrane
protein MPV17 is also involved in dNTP metabolism, with
defects causing mtDNA depletion; the exact function of
MPV17 remains to be elucidated, however. In addition
to disturbed homeostasis of mitochondrial dNTP pools,
mtDNA instability can naturally be caused by mutations in
genes affecting mtDNA replication directly. Mutations have
been reported in POLG, POLG2, and C10orf2 (Twinkle),
with POLG being the most important contributor [13].

2.3. Transcription of mtDNA. Transcription originates from
three promoters: two H strand promoters (HSP1 and
HSP2) and one L strand promoter (LSP). The HSP1 and
LSP are located in the D-loop, whereas HSP2 is located
downstream of HSP1 close to the 5′ end of the 12S
rRNA gene. Transcription from both the HSP2 and LSP
generates polycistronic molecules covering nearly the entire
H or L strand, corresponding to 12 protein-coding genes,
14 tRNA genes and 2 rRNA genes (HSP2) or 1 protein-coding
gene and 8 tRNA genes (LSP). Additionally, transcription
from the LSP produces the RNA primers necessary for
initiating mtDNA replication of the H-strand. Transcripts
derived from HSP1, on the other hand, contain mainly
the 12S and 16S rRNAs. The basic human mitochondrial
transcription machinery consists of three components:
mtRNA polymerase (POLRMT), TFAM and either mito-
chondrial transcription factor B1 (TFB1M) or B2 (TFB2M).
Promoter recognition and transcription initiation require

the simultaneous presence of these three factors, however,
the precise contribution of each has not yet been fully
determined [44, 45]. Termination of transcription appears
to be regulated by multiple termination factors, but the
exact mechanism and all factors involved still need to be
elucidated [45, 46]. Termination sites have been identified
for transcription from HSP1 and HSP2; the two proteins
binding to the HSP2 termination site await identification.
Even though the mitochondrial transcription termination
factor MTERF1 (or MTERF) has been shown to bind the
HSP1 termination site (at the 3′ end of the 16S rRNA gene)
and be required for HSP1 transcription termination in vitro,
it seems to block L strand transcription more effectively
than transcription from the H strand; the precise function of
the protein in vivo is unclear. Recently, MTERF1 was found
to be essential for transcription initiation in vitro, which
led to the hypothesis that MTERF1 regulates and promotes
transcription at HSP1 by forming a loop between the
MTERF1 initiation and termination binding sites. This way
it helps favor a higher synthesis rate of rRNAs compared to
mRNAs from the H strand. Furthermore, MTERF1 appears
to modulate mtDNA replication pausing; its dual role could
be important for coordination of replication and transcrip-
tion [47]. Three homologs of MTERF1 and thus potential
mitochondrial transcription termination factors have been
identified: MTERF2 (or MTERFD3 or MTERFL), MTERF3
(or MTERFD1) and MTERF4 (or MTERFD2) [48]. MTERF2
is proposed to regulate cell growth through modulation
of mitochondrial transcription [49]. MTERF2 shows the
opposite expression pattern in response to serum compared
to MTERF1, suggesting that they have divergent roles.
Additionally, MTERF2 was found to be present in nucleoids,
displaying non sequence-specific DNA-binding activity [50].
Contrastingly, Wenz et al. demonstrated specific binding of
MTERF2 to the HSP promoter region [51]. Furthermore,
MTERF2 knock-out resulted in decreased mitochondrial
transcription and mRNA levels. MTERF3, on the other hand,
has been shown in mouse in vivo and in human in vitro to
function as a negative regulator of transcription initiation
through interaction with the mtDNA promoter region [52].
Moreover, MTERF3 knock-down in Drosophila led to a
decreased rate of mitochondrial protein synthesis, possibly
through downregulation of TFB1M (see Section 3.3 for more
information on TFB1M’s function in translation) [46, 53]. In
summary, the current view is as follows: MTERF1 through 3
share a common binding site in the D-loop; both MTERF1
and 2 promote transcription initiation, whereas MTERF3
inhibits it; all three factors are needed to maintain optimal
transcript levels and thereby ensure proper functioning of
the OXPHOS system. The role of MTERF4 has not been
investigated in detail, however, it appears to bind mtDNA
in the D-loop region and form a stable homodimer with a
putative RNA methyltransferase [54].

Processing of the polycistronic primary transcripts is
thought to require four enzymes. The tRNA genes mark most
of the junctions between mitochondrial protein-coding and
rRNA genes. According to the tRNA punctuation model,
the secondary structures of the tRNA sequences provide the
signals for endonucleolytic excision of the tRNAs, yielding



Journal of Biomedicine and Biotechnology 5

most of the tRNAs, mRNAs and rRNAs [55]. This initial
processing step is performed by the mitochondrial RNase
P (5′-end endonucleolytic cleavage) and tRNase Z (3′-end
cleavage) enzymes. Maturation of the excised tRNAs is
completed by addition of a CCA triplet to their 3′-end, which
is catalyzed by an ATP(CTP):tRNA nucleotidyltransferase.
After post-transcriptional modification and correct folding
of the tRNAs, the amino acid can be attached to the CCA
triplet by the corresponding aminoacyl-tRNA synthetase.
The tRNA acceptor stem and the anticodon play important
roles for the recognition of the tRNA by the appropriate
synthetase. During or immediately after cleavage of the
tRNAs, the rRNAs and mRNAs are polyadenylated by a mito-
chondrial poly(A) polymerase. This post-transcriptional
modification creates the stop codons for some mRNAs and
may also be necessary for stabilization of some RNAs (for a
review see Montoya et al. [56]). In this way, 9 monocistronic
and 2 dicistronic mRNA transcripts are formed. Another
important post-transcriptional process is RNA degradation,
which is required to control RNA levels and eliminate
processing by-products and aberrant transcripts [57]. Nev-
ertheless, the players involved and the exact mechanism have
yet to be revealed. SUV3 and polynucleotide phosphorylase
are possible candidates [58, 59].

Until now, no mutations causing mitochondrial disease
have been reported in genes coding for proteins involved
in mitochondrial transcription. Nonetheless, a mutation in
the MTERF1 binding site (in the tRNALeu(UUR) gene) is
associated with the mitochondrial disorder MELAS (mito-
chondrial myopathy, encephalopathy, lactic acidosis and
stroke-like episodes). This mutation reduces the binding
affinity for MTERF1 and results in a drastic impairment of
transcription termination in vitro, however, in vivo the tran-
scription termination defect could not be confirmed [60, 61].
Furthermore, TFB1M modifies the phenotypic expression
of the deafness-associated 1555A>G mtDNA mutation (see
Section 3.3). Additionally, post-transcriptional modification
of tRNAs is disturbed in patients with mitochondrial
myopathy and sideroblastic anemia (MLASA) due to a
mutation in pseudouridylate synthase PUS1 [14, 17]. PUS1
converts uridine into pseudouridine in cytosolic as well
as mitochondrial tRNAs. Recently, mutations in TRMU, a
mitochondria-specific enzyme that is required for the 2-
thiolation on the wobble position of the tRNA anticodon,
were detected in patients with acute liver failure in infancy
[24]. Previously, TRMU was identified as another nuclear
modifier gene for the mitochondrial 12S rRNA mutation
1555A>G [62]; see Section 5.2 for more details on defects in
the latter two genes.

2.4. Import of nDNA Encoded Proteins. Most mitochondrial
proteins, including all proteins involved in mitochondrial
translation, are encoded in the nucleus and therefore have
to be transported to and imported into the mitochondrion.
Cytosolic chaperones, such as heat shock proteins Hsp70 and
Hsp90, guide the precursor proteins to translocation channel
receptors on the mitochondrial surface, keep the proteins
unfolded to prevent aggregation and enable entrance into
the translocation channels. Alternatively, preproteins seem

also to be imported into mitochondria in a co-translational
manner [63–67]. These proteins, produced on ribosomes
bound to the outer mitochondrial membrane, are almost
exclusively of prokaryotic origin [68, 69]. The cytoplasmic
and mitochondrial translation machineries are suggested to
be localized in close proximity on either side of the mito-
chondrial membranes, thereby allowing efficient assembly of
the OXPHOS system [70]. Import and sorting of nDNA-
encoded proteins into mitochondria is achieved by translo-
cases in the outer and inner mitochondrial membrane [71,
72]. The translocase of the outer mitochondrial membrane
(TOM complex) forms the entrance for basically all nuclear-
encoded mitochondrial proteins. After passing through the
TOM complex, the preproteins can follow various routes
depending on their targeting signals: (1) outer membrane
proteins are integrated into the membrane by the sorting and
assembly machinery (SAM complex); (2) translocation to the
intermembrane space is mediated by the TIM23 complex
(translocase of the inner mitochondrial membrane) or by
components in the intermembrane space; (3) matrix proteins
reach their destination through the TIM23 channel; (4)
for inner membrane proteins there are three pathways, (a)
insertion by the TIM22 complex, (b) lateral integration after
arrest at the TIM23 complex, and (c) import into the matrix
via TIM23 followed by export to the inner membrane (see
Section 4.2 for more information on the export to the inner
membrane). After translocation, mitochondrial targeting
sequences are removed proteolytically and the proteins fold
into their functional structures.

Two syndromes have been related to defects in mito-
chondrial import. Mutations in the gene for the translocase
subunit TIMM8A (or DDP1) have been reported to result
in the deafness dystonia syndrome or Mohr-Tranebjaerg syn-
drome (MTS) [73, 74]. TIMM8A is part of a small alternative
TIM complex that is involved in the import of TIMM23, an
essential constituent of the TIM23 complex, and a few other
proteins [71]. Remarkably, no impairment of the OXPHOS
system has been observed [73, 75]. The exact mechanism
by which TIMM8A mutations affect mitochondrial function
remains to be clarified. Dilated cardiomyopathy with ataxia
(DCMA) is caused by a mutation in DNAJC19, which is
thought to be a homolog of yeast Tim14 [76]. Tim14 is an
essential component of the TIM23 complex [77], suggesting
that the underlying disease mechanism is defective import of
nDNA-encoded proteins into the mitochondrion. However,
this has not been verified yet.

3. Mitochondrial Translation

Although most of the proteins present in mitochondria are
encoded by the nDNA, a few are encoded by the mtDNA and
are synthesized by the separate mitochondrial translation
system. The human mitochondrial genome codes for 22
tRNAs, 2 rRNAs and 13 polypeptide subunits of the enzyme
complexes I, III, IV, and V [26]. Whereas the components
and mechanisms of translation are well characterized for
bacterial and eukaryotic cytoplasmic systems, far less is
known about mitochondrial protein synthesis due to the lack
of a proper in vitro mitochondrial translation system. For
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a review on mammalian mitochondrial protein synthesis,
insertion and disorders associated with these processes see
Pérez-Martı́nez et al. [78].

The mitochondrial translation more closely resembles
its prokaryotic than its eukaryotic cytoplasmic counterpart.
However, the protein-synthesizing system of mitochondria
has a number of interesting characteristics not observed in
prokaryotes or the eukaryotic cell cytoplasm. First of all,
mitochondria use a genetic code that has several distinct
differences from the universal code [79]. For example,
human mitochondria use the universal arginine codons AGG
and AGA, in addition to UAA and UAG, for termination.
Furthermore, UGA serves as a codon for tryptophan rather
than as a stop codon. Additionally, AUA has been reassigned
to Met rather than serving as an Ile codon. Secondly, also the
mitochondrial mRNAs have unusual features: they contain
no or very few 5′ untranslated nucleotides [80], are uncapped
[81], and contain a poly(A) tail that immediately follows or
even forms part of the stop codon [55]. The small subunit of
mitochondrial ribosomes (mitoribosomes) appears to bind
these mRNAs tightly in a sequence-independent manner and
in the absence of initiation factors or initiation tRNA [82],
unlike the prokaryotic [83] and eukaryotic cytoplasmic [84]
systems. Thirdly, mitochondria use a simplified decoding
mechanism that allows translation of all codons with only
22 tRNAs instead of the 31 predicted by Crick’s wobble
hypothesis [26, 85]. Fourthly, mammalian mitochondria use
a single tRNAMet for both the initiation and elongation
phases (depending on the presence or absence of a formyl
group, resp.), whereas not only in the prokaryotic and
eukaryotic cytoplasmic translation systems but also in the
mitochondria of most lower eukaryotes two specialized
tRNAMet species exist [86].

In this section, we will cover in subsequent paragraphs
the components of the protein synthesis machinery, the
translation process steps, its regulation, and additional roles
of mitochondrial translation proteins outside the translation
process.

3.1. The Mitochondrial Translation Machinery. The basic
mitochondrial translation machinery comprises mtDNA-
encoded rRNAs and tRNAs as well as many proteins coded
for by the nuclear genome: (1) initiation, elongation and
termination translation factors; (2) mitochondrial ribosomal
proteins (MRPs); (3) mitochondrial aminoacyl-tRNA syn-
thetases and methionyl-tRNA transformylase. These compo-
nents will be described in more detail successively.

First of all, the translation factors. The exact functions
of the mitochondrial translation factors will be discussed
in Section 3.2. Bacterial translation initiation involves three
factors: IF1, IF2, and IF3. Whereas IF1 and IF2 are considered
to be universal and essential initiation factors, IF3 orthologs
have not been found in archaea or the cytoplasm of eukary-
otes [87, 88]. Surprisingly, the mitochondrial translation
machinery consists of two initiation factors orthologous to
prokaryotic IF2 [89] and IF3 [90] and despite extensive
searches, no IF1 ortholog has been detected [91]. Recently,
mitochondrial IF2 (mtIF2) was demonstrated to perform
functions of both bacterial IF1 and IF2; a conserved 37 amino

acid insertion in mtIF2 seems to have assumed the role of IF1,
facilitating the bond between mtIF2 and the mitoribosome
and the formation of the initiation complex [92]. All three
prokaryotic elongation factors have also been found in
human mitochondria: mtEFTu, mtEFTs, and mtEFG [93–
95]. In contrast to most bacteria, which have merely one
EFG protein that acts during both the elongation and
termination phases of the translation process, mitochondria
contain two EFG homologs, mtEFG1 and mtEFG2 [93],
that are 35% identical [91]. The importance of mtEFG1 for
mitochondrial protein synthesis has been demonstrated by
mtEFG1 defects in patients with a mitochondrial disorder
[15, 22, 25] and its translocation activity was shown in
vitro [96]. Even though expression levels of mtEFG2 are
greatest in skeletal muscle, heart and liver [93], three
tissues with high metabolic energy rates, the functional
significance of mtEFG2 for mitochondrial translation is not
entirely clear. Notably, deletion of the mtEFG2 ortholog
in yeast (MEF2) does not lead to impaired mitochondrial
protein synthesis and respiratory defects, as is the case
for MEF1, the mtEFG1 yeast ortholog [97]. Moreover,
complementation of mtEFG1 defects through overexpression
of mtEFG2 could not be attained [15, 25], indicating that
mtEFG2 might not play a role in the translocation step of
mitochondrial translation. This was recently confirmed by
Tsuboi et al., who demonstrated that mtEFG1 specifically
catalyzes translocation, whereas mtEFG2 has an essential
function in ribosome recycling and lacks translocation
activity [98]. Thus the dual role of prokaryotic EFG is
distributed between mtEFG1 and mtEFG2. Bacteria contain
four factors responsible for translation termination: the three
release factors RF1-3 and the ribosome recycling factor RRF
[99]. The release factors are divided into two classes, with
class I factors (RF1 and RF2) promoting codon-specific
hydrolysis of peptidyl-tRNA and class II factors (RF3) lacking
specificity but stimulating the activity of class I factors and
their dissociation from the ribosome. Bacteria utilize three
stop codons; both class I release factors recognize UAA,
whereas UAG and UGA are decoded only by RF1 or RF2,
respectively. In the eukaryotic cytosol, two release factors,
RF1 and RF3 orthologs, are required for the termination
step with just one class I factor recognizing all three stop
codons [100]. A factor equivalent to bacterial RRF appears
to be absent. The termination process in mitochondria, on
the other hand, has not yet been fully elucidated. Two release
factors, mtRF1 and mtRF1a (or HMRF1L), and a recycling
factor (mtRRF) have been identified and partly characterized
[101–104]. Being involved in ribosome recycling instead
of the elongation phase, mtEFG2 should be added to this
list and be renamed mtRRF2 [96]. MtRF1 was proposed
to be a member of the class I release factors based on
bioinformatic analyses [103], but recently this factor failed to
exhibit release factor activity in vitro and in vivo [101, 102].
Nonetheless, the newly identified release factor mtRF1a was
shown to terminate translation at UAA and UAG codons,
analogous to bacterial RF1. Thus the question whether a
mitochondrial release factor exists that recognizes the other
two mitochondrial stop codons, AGG and AGA, which are
found in just two of the mitochondrial transcripts, remains
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unresolved. The fact that release activity was not observed
for mtRF1 could be attributed to the use of bacterial and
yeast systems that naturally do not terminate with these
codons [102]. Therefore, the possibility remains that mtRF1
is indeed a mitochondrial release factor. Alternatively, AGA
and AGG might not be used as stop codons since there is
no experimental data supporting this and remarkably, in rat
and mouse mitochondria the codons AGA and AGG are
unassigned and UAA appears to be the single stop codon
utilized [105, 106]. The terminal AGA and AGG codons
could be edited posttranscriptionally, creating UAG stop
codons, which could then be decoded by mtRF1a [101].
Whether mitochondria contain a class II factor equivalent to
bacterial RF3 is unclear.

Secondly, the mitoribosomes that are made up of rRNAs
and MRPs and comprise two subunits, the small (SSU
or 28S) and the large (LSU or 39S) subunit. The human
mitoribosome consists of 2 rRNAs (12S and 16S) and around
81 MRPs [107]. Mammalian mitoribosomes differ markedly
from bacterial, cytosolic and even from other mitochondrial
ribosomes [108]. They lack nearly half the rRNA present
in bacterial ribosomes, resulting in a sedimentation coeffi-
cient of 55S compared with 70S in bacteria. Nevertheless,
mitoribosomes contain a correspondingly higher protein
content due to enlargement of proteins and recruitment of
numerous extra proteins, causing a greater molecular mass
and size than bacterial ribosomes. Most of these enlarged
and supernumerary proteins do not seem to compensate for
the missing rRNA segments since they occupy new positions
in the mitoribosome [109], suggesting that they perform
mitochondria-specific functions.

Third, the mitochondrial tRNAs. In general, human
mitochondrial tRNAs deviate from the canonical tRNAs, but
still fold into mostly classical cloverleaf secondary struc-
tures and presumably also into L-shaped tertiary structures
[110]. Mitochondrial tRNAs are shorter than bacterial or
eukaryotic cytoplasmic tRNAs, have large variations in the
size of the D- and T-loops, and lack multiple conserved
nucleotides that are involved in classical tertiary interactions
creating the L-shape, which possibly results in a weaker
tertiary structure. Post-transcriptional base modification
appears to be more important for the proper tertiary struc-
ture and functioning of mitochondrial tRNAs compared
with cytosolic tRNAs [111]. Certain mitochondrial tRNAs
will consequently be completely non-functional when they
lack the post-transcriptional modification resulting in an
aberrant structure [112]. Furthermore, modifications can
improve tRNA specificity and its recognition by mRNA
codons and to a lesser extent by aminoacyl-tRNA synthetases
[113, 114]. In total, 19 mitochondrial aminoacyl-tRNA
synthetases have been identified, of which two are encoded
by the same gene as the cytosolic enzyme [115]. Only the
gene for mitochondrial glutaminyl-tRNA synthetase has not
been found yet. After aminoacylation, the tRNAMet needs to
be formylated by methionyl-tRNA transformylase to initiate
mitochondrial translation.

Although the core components of the mitochondrial
translation machinery have been identified, many more
factors are likely to be involved, directly or indirectly, and

have yet to be discovered. Recently, Davies et al. showed
that pentatricopeptide repeat domain protein 3 (PTCD3)
associates with the mitoribosomal SSU and is necessary for
mitochondrial protein synthesis [116]. The precise function
of PTCD3 remains to be clarified, however.

3.2. The Mitochondrial Translation Process. The basic model
of protein synthesis is derived from studies in bacteria
(see [87, 99, 117] for reviews on the processes involved in
protein synthesis). Our understanding of the mechanisms
of mitochondrial translation is based on this model and
additional studies in mitochondria.

Protein synthesis is divided into three phases: initiation,
elongation and termination. The exact starting mechanism
of the translation process in mitochondria is poorly under-
stood. Due to the unusual characteristics of mitochondrial
mRNAs, neither the Shine-Dalgarno sequence observed in
prokaryotes nor the 7-methylguanlyate cap structure found
in the eukaryotic cell cytoplasm can facilitate ribosome
binding and direct the ribosome to the start codon. It
is thought that the mRNA entry gate on the SSU of the
mitoribosome has evolved in such way that it recognizes
the unique mitochondrial mRNAs with their unstructured
5′ sequences [109, 118]. Many questions remain concerning
the precise sequence of events during the initiation phase in
mammalian mitochondria. In the current model, mitochon-
drial translation factor mtIF3 catalyzes the dissociation of the
mitoribosome into its two component subunits (Figure 2,
step 1), which may be an active rather than a passive process,
thereby permitting the assembly of the initiation complex
while preventing premature binding of the LSU [90, 119].
Possibly, complete subunit dissociation is not essential for
initiation of translation, however, the subunit interface must
become accessible for fMet-tRNAMet and mRNA binding. It
has been postulated that the first step in initiation complex
formation is sequence-independent binding of mRNA to
the SSU (Figure 2, step 2) [82, 120]. MtIF3 is thought to
assist the mRNA to bind the SSU so that the start codon
(AUG) is correctly positioned at the peptidyl (P) site of
the mitoribosome. Both fMet-tRNA and mtIF2 can bind
weakly to the SSU in the absence of mRNA and mtIF3 is
hypothesized to prevent or correct the premature binding
of these components [119]. The binding of fMet-tRNAMet

to the SSU requires mtIF2, which is markedly enhanced
by GTP (Figure 2, step 3) [121, 122]. Recombining of the
LSU with the SSU (Figure 2, step 4) probably stimulates the
dissociation of mtIF3 (Figure 2, step 5) [123]. Additionally,
GTP hydrolysis on mtIF2 is triggered by the LSU, leading to
its release from the complex (Figure 2, step 6). The initiation
phase is now complete and translation can proceed with the
elongation phase.

The basic steps in the elongation phase are the same
in bacteria and mitochondria, however, the equilibrium
dissociation constants for interactions between mtEFTu and
its ligands differ considerably between the prokaryotic and
mitochondrial systems [124, 125]. The relative ratios of the
elongation factors are important for efficient translation
[21, 25, 126]. These ratios differ between tissues and can be
adapted in response to dysfunction of one of the elongation
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Figure 2: Diagram of human mitochondrial protein synthesis. The three phases of mitochondrial translation—initiation, elongation and
termination—and all translation factors involved are represented in this figure. See Section 3.2 in the text for a detailed description of all
steps (numbered in boxes) of the mitochondrial translation process. Initiation, elongation and termination factors are represented by green,
purple and red ovals, respectively. GTP and GDP are shown in yellow and beige circles, respectively.

factors [25]. Elongation factor mtEFTu forms a ternary
complex with GTP and an aminoacylated tRNA (Figure 2,
step 7). It is proposed to be critical for translational accuracy
through surveillance of aminoacyl-tRNAs for misacylation
[127]. MtEFTu protects the tRNA from hydrolysis and, after a
proofreading step, carries it to the mitoribosomal aminoacyl
or acceptor (A) site for the decoding of mRNA by codon-
anticodon interactions on the SSU (Figure 2, step 10). When
the codon-anticodon recognition occurs, GTP hydrolysis on
mtEFTu is stimulated by the mitoribosome, resulting in the
release of mtEFTu·GDP (Figure 2, step 8). The nucleotide
exchange protein mtEFTs converts mtEFTu·GDP in active
mtEFTu·GTP (Figure 2, step 9). Following the release from

mtEFTu, the 3′ end of the aminoacyl-tRNA moves into
the peptidyl transferase center of the LSU where peptide
bond formation is catalyzed, adding one amino acid to
the growing peptide (Figure 2, step 11). The elongation
factor mtEFG1 with bound GTP catalyzes the translocation
step by conformational changes in both mtEFG1 and the
mitoribosome, during which the A and P site tRNAs move
to the P and exit (E) sites of the mitoribosome and mRNA
is advanced by one codon (Figure 2, step 12). Subsequently,
the tRNA leaves the mitoribosome via the E site (Figure 2,
step 13) and a new elongation cycle can start (Figure 2,
step 14). Whether the mitoribosome contains an actual E
site is uncertain. The bovine mitoribosomal structure and a
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comparative analysis of ribosome sequences revealed that the
mitoribosomal E site deviates substantially from the prokary-
otic and eukaryotic cytosolic situations [109, 128, 129].
Based on these findings, the E site has been suggested to be
very weak or even absent in the mitoribosome. Moreover, the
mitoribosomal polypeptide exit tunnel is markedly different,
allowing premature exposure of the nascent polypeptide to
the mitochondrial matrix or membrane before reaching the
conventional exit site [109]. Whether all or some nascent
polypeptide chains emerge prematurely from the peculiar
mitoribosomal exit tunnel is currently unknown.

The third and last step in protein synthesis, termination,
begins when a stop codon (UAA, UAG, AGA or AGG) is
encountered in the A site. A mitochondrial release factor,
mtRF1a or possibly also mtRF1 or an as yet unidentified
protein, recognizes the stop codon (Figure 2, step 15) and
causes the protein that is attached to the last tRNA molecule
in the P site to be released (Figure 2, step 16). The ester bond
between the tRNA and the nascent polypeptide is hydrolyzed,
presumably by the peptidyl transferase center on the LSU
triggered by the release factor, and this process is catalyzed
by GTP. After release of the newly synthesized protein,
mtRRF and mtEFG2·GTP together enable the mitoriboso-
mal subunits, tRNA and mRNA to dissociate from each other
(Figure 2, step 17), making the components available for a
new round of protein synthesis. GTP hydrolysis is required
for the release of mtRRF and mtEFG2·GDP from the LSU
(Figure 2, step 18) [96].

3.3. Regulation of Mitochondrial Translation. In yeast, nuc-
lear-encoded, gene-specific activation factors are required for
mitochondrial translation initiation [130, 131]. Currently,
translational activation factors have been found for (nearly)
all eight yeast mtDNA-encoded proteins and synthesis of
some proteins, for example, Cox3, depends on multiple
activation factors [130–132]. These activators bind to the
5′ untranslated leader (5′-UTL) sequences of the mRNA,
probably to assist in positioning the mitoribosomes over
the initiation codon. All translational activator proteins
studied so far are integral membrane proteins or bound
to the mitochondrial inner membrane, suggesting that they
are also involved in tethering mitochondrial translation
to the inner membrane. This way they can promote co-
translational insertion of newly synthesized proteins and
subsequent assembly into the OXPHOS complexes. Thus the
yeast mitochondrial translational activators regulate not only
the levels of mitochondrially synthesized gene products, but
also the location of mitochondrial translation.

The mechanisms of human mitochondrial translation
regulation are poorly understood. Human mitochondrial
mRNAs lack 5′-UTL sequences and until recently no clear
evidence was found for the existence of mRNA-specific
translation activators, which suggests that modulation of
mitochondrial protein synthesis in humans involves other
strategies than in yeast [133]. Genome-wide linkage analysis
and chromosome transfer in a patient presenting with Leigh
syndrome due to an isolated complex IV deficiency resulted
in the identification of a human translational activator
of the complex IV subunit COXI: CCDC44 or TACO1

[134]. A homozygous base insertion, creating a premature
stop codon, led to severely decreased levels of TACO1 in
patient fibroblasts. Consequently, only a small amount of
COXI was synthesized despite normal concentrations of the
COXI transcript, compromising complex IV assembly and
activity. Remarkably, deletion of the TACO1 ortholog in yeast
produced no respiration or mitochondrial translation defect.
In contrast to the human situation, TACO1 is apparently not
essential for respiration in yeast.

Furthermore, another potential translational activator
for COXI has been identified in humans: a member of
the pentatricopeptide (PPR) family, leucine-rich PPR-motif
containing protein (LRPPRC, also known as LRP130). The
PPR motif has been found in proteins that interact with
RNA, such as POLRMT, which contains two PPR motifs
in the amino-terminal domain (ATD) [135]. LRPPRC has
been postulated to be a homolog of Pet309 [136], the
yeast mitochondrial translational activator for COX1 [137].
Mutations in LRPPRC lead to the neurodegenerative disorder
Leigh Syndrome French-Canadian type (LSFC), with a
deficiency of complex IV of the OXPHOS system [136].
LRPPRC appears to play a role in the translation and/or
stability of COXI and COXIII mRNAs, similar to yeast Pet309
[138]. In addition to its role as translational activator, Pet309
might be involved in coupling mitochondrial transcription to
translation through interaction with Nam1 [139], a protein
that is postulated to stabilize and direct mRNAs to the
mitochondrial inner membrane for translation [140] and
that binds to the ATD of yeast mtRNA polymerase [135].
LRPPRC has been suggested to function together with
heterogeneous nuclear ribonucleoprotein K (hnRNP K) and
POLRMT in coupling the mitochondrial transcription and
translation machineries in a manner analogous to the yeast
system [141]. However, the situation is more complex than
depicted here, encompassing additional proteins for which
homology between yeast and human has not been identified
yet. Moreover, LRPPRC binds not only mitochondrial but
also nuclear mRNAs, indicating that it could be involved
in coordinating nuclear and mitochondrial gene expression
[142].

Nolden et al. proposed a negative-feedback loop mecha-
nism for regulation of mitochondrial translation [143]. The
ATP-dependent m-AAA protease plays an important role in
quality control of mitochondrial inner membrane proteins.
One of the substrates of this enzyme is the ribosomal
protein MRPL32. Processing of MRPL32 by the m-AAA
protease results in a tight association of MRPL32 with the
inner membrane and allows completion of mitoribosome
assembly in close proximity to the inner membrane. Matu-
ration of MRPL32 seems to be required for mitochondrial
translation since synthesis of mtDNA-encoded proteins was
substantially impaired in cells lacking the m-AAA protease.
Regulation of translation via the m-AAA protease could for
instance take place when nuclear and mitochondrial gene
expression are unbalanced. Excess respiratory subunits and
other nonnative substrates of the m-AAA protease may then
accumulate and compete with MRPL32 for binding to the
protease. This will hamper MRPL32 processing, ribosome
assembly, and finally mitochondrial translation. Accordingly,
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the amount of respiratory subunits available to the m-
AAA protease decreases and MRPL32 processing increases
again. The importance of this regulation process has been
demonstrated by loss-of-function mutations in paraplegin,
a subunit of the human m-AAA protease, which result in
the neurodegenerative disorder hereditary spastic paraplegia
[144].

Possibly, TFB1M and TFB2M are involved in a retrograde
pathway regulating mitochondrial biogenesis and function
[145, 146]. Overexpression of TFB2M resulted in increased
TFB1M levels and consequently an increase in mitochondrial
biogenesis. In addition to their transcriptional stimulatory
activity, TFB1M and TFB2M have rRNA methyltransferase
activity. Thus these factors are indirectly involved in mito-
chondrial protein synthesis via their ability to methylate the
mitochondrial 12S rRNA, which is important for mitoribo-
some activity. TFB1M has been identified as a nuclear mod-
ifier of the 1555A>G mutation in the 12S rRNA gene that
causes nonsyndromic or aminoglycoside antibiotic-induced
deafness [147]. Presumably, altered or lack of methylation
due to malfunctioning TFB1M can diminish the effect of the
1555A>G mutation on mitoribosome conformation. In vivo
studies in mice revealed that TFB1M is an essential rRNA
methyltransferase, needed for stability of the mitoribosomal
SSU, that does not directly modulate transcription, whereas
TFB2M is suggested to have transcriptional activation as its
primary function [148]. Therefore, differential expression
of these two factors could modulate not only transcription,
but also replication (via the transcription factor activity)
and translation (via the rRNA methyltransferase activity),
and in this manner ensure a balance between the amounts
of mitochondrial transcripts and fully assembled mitoribo-
somes [145, 148].

Mitochondria are under general nuclear control through
transcription factors, such as nuclear respiratory factors 1
and 2 (NRF-1 and -2) [149]. These factors coordinate the
expression of the nuclear and mitochondrial gene products
required for oxidative phosphorylation and other essential
mitochondrial functions. They act directly on nuclear genes
coding for OXPHOS subunits as well as various nuclear
genes encoding proteins involved in mtDNA replication,
mitochondrial transcription or translation, by which they
exert indirect control over expression of mitochondrial
genes. Transcription factor CREB (cAMP response element-
binding protein) promotes transcription of mitochondrial
(in addition to nuclear) genes after its import into the
mitochondrion directly [150].

3.4. Functions of the Mitochondrial Translation Machin-
ery beyond Translation. Initiation factor mtIF2 might be
involved in mitochondrial mRNA degradation and apopto-
sis. The endoribonuclease RNase L is an important player in
apoptosis induced by interferons (IFNs) [151]. After binding
its IFN-induced activator, RNase L degrades single-stranded
RNAs, leading to inhibition of protein synthesis. RNase L
was shown to interact with mtIF2 and thereby modulate
the stability of mitochondrial mRNAs, which appears to
be essential for IFNα-induced apoptosis [152]. RNase L
is brought into association with the mitochondrial mRNA

during their translation through interaction with mtIF2.
In the presence of IFNα, RNase L becomes activated and
degrades mRNA, which can eventually result in apoptosis.
An excess level of mtIF2 could hold RNase L away from
the mRNAs, preventing their degradation and thus also
inhibiting IFNα-induced apoptosis.

In addition to its function in the elongation phase of
the mitochondrial translation, mtEFTu has been reported
to act as a chaperone [153]. It plays a role in protein
quality control in mitochondria, as has been found for its
cytosolic and prokaryotic counterparts. MtEFTu interacts
with unfolded proteins, especially with misfolded, newly
synthesized polypeptides, and is hypothesized to recruit
these proteins to a mitochondrial protease complex for their
degradation. This protease complex presumably consists
of the homologs of the bacterial GroEL/ES (Hsp60 class)
chaperone and ClpA/ClpP protease systems, with which
EFTu can interact via the heat shock protein Hsp31 [154].

Recently, human mitochondrial ribosomal protein
MRPL12 was demonstrated to bind to POLRMT, which
enhances transcription [155]. Free MRPL12, that is,
MRPL12 not incorporated in the mitoribosome, appears to
interact with POLRMT and consequently might coordinate
the rate of mitochondrial transcription with the rate of
mitoribosomal biogenesis. When the import rate of MRPs
is exceeding the rate of mtDNA-encoded rRNA expression,
free MRPL12 will accumulate and associate with POLRMT.
Subsequently, the rate of mtDNA transcription increases,
which rebalances the system.

Furthermore mitochondrial ribosomal proteins MRPS29
and MRPS30 seem to be bifunctional proteins [156]. These
two proteins are the proapoptotic proteins death-associated
protein 3 (DAP3) and programmed cell death protein 9
(PDCD9 or p52), respectively. Whether MRPS29 and/or
MRPS30 are released from the mitoribosome and exported
to the cytosol during apoptosis or whether they carry out
their proapoptotic role while still associated with the mito-
ribosome is unknown. Possibly, inner membrane-associated
mitoribosomes affect the mitochondrial permeability tra-
nsition pores via MRPS29 and MRPS30 and thereby induce
apoptosis.

4. Posttranslational Processes Required for
Functional OXPHOS Complexes

After translation has taken place, the mtDNA-encoded and
imported nDNA-encoded proteins need to be incorporated
into the inner membrane to form a functional OXPHOS
system. Mitochondria contain chaperones, proteases and
assembly factors for particular OXPHOS complexes to aid in
this process.

4.1. Quality Control by Chaperones and Proteases. The entire
chaperone system represents a mechanism for quality control
that determines the fate of all mitochondrial proteins: prote-
olytic degradation or folding and assembly. Chaperones from
the Hsp60 and Hsp70 class bind to and stabilize (partially)
unfolded or newly synthesized or imported proteins, thereby
preventing their aggregation and facilitating their proper
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folding [157]. Hsp100/Clp family chaperones are involved
in the re-solubilization of protein aggregates and unfolding
of misfolded proteins, resulting in either refolding by other
chaperones or degradation by proteases. Excess or non-
native proteins are degraded into peptides by ATP-dependent
proteases and subsequently into amino acids by oligopep-
tidases [158]. Mammalian mitochondria have three major
ATP-dependent proteases: Lon, Clp-like, and other AAA pro-
teases. Both Lon protease and proteins from the Clp family
are located in the matrix and contain proteolytic as well as
chaperone activities. Two membrane-bound ATP-dependent
AAA-proteases, active on the intermembrane space side (i-
AAA) or on the matrix side (m-AAA), are responsible for
quality control of inner membrane proteins. Additionally,
as mentioned in Section 3.3, they regulate mitochondrial
biogenesis through selective processing of mitochondrial
proteins, for example, MRPL32. The significance of these
AAA proteases is demonstrated by the severe defects due to
dysfunction of one of the AAA proteases found in several
species. The prohibitin complex, consisting of Phb1 and
Phb2 and also located in the inner membrane, is thought to
act as a chaperone that stabilizes mitochondrially synthesized
OXPHOS subunits against degradation by AAA proteases
[159, 160]. While the exact functions of the prohibitin
complex remain poorly understood, its role in mitochon-
drial biogenesis and metabolism has been corroborated by
numerous findings, such as different prohibitin expression
levels depending on metabolic demand and lack of prohibitin
leading to reduced mitochondrial membrane potential and
instability of mtDNA-encoded OXPHOS subunits [160].

4.2. Protein Insertion into the Inner Membrane. A subset of
mitochondrial inner membrane proteins that are synthesized
in the cytosol are imported into the mitochondrial matrix
prior to their export to the inner membrane; all other
nuclear-encoded proteins are integrated directly into the
inner membrane during import into the mitochondrion
(also see Section 2.4). All proteins synthesized by the human
mitochondrial translation system are destined for the inner
membrane and become inserted through the same export
machinery as used by nDNA-encoded proteins. At least
half of the mitoribosomes are associated with the inner
membrane [161] and it has been proposed that only
membrane-bound mitoribosomes are translationally active
[143]. It appears that mitochondrial gene products become
inserted into the inner membrane as they are undergoing
synthesis on mitoribosomes, that is, in a co-translational
fashion [162–166]. However, the relative contributions of co-
and post-translational insertion and the exact mechanisms
are unknown. The inner membrane protein Oxa1 plays
an important role in insertion of both mitochondrial- and
nuclear-encoded proteins from the mitochondrial matrix
into the inner membrane [167, 168]. Recently, the inter-
action of Oxa1 with the mitoribosome was concluded
to involve at least the two yeast LSU proteins Mrp20
and Mrpl40, orthologs of bacterial ribosomal proteins
L23 and L24 respectively, which are located close to the
polypeptide exit tunnel [169, 170]. Furthermore, mitoribo-
somal protein MRPL45 was postulated to function in the

co-translational insertion of mtDNA-encoded proteins into
the inner membrane [107]. The yeast ortholog of MRPL45,
Mba1, associates with the inner membrane and is involved
in protein insertion into the membrane in a concerted
action with Oxa1, possibly by positioning the mitoribosomal
exit tunnel at the right location for insertion [164, 171].
Nonetheless, mitoribosomes remain partially anchored to
the mitochondrial inner membrane in absence of MRPL45
and Oxa1, indicating that additional factors are involved
in the membrane association [164]. One of these fac-
tors could be LETM1, leucine zipper EF-hand-containing
transmembrane protein 1, located in the chromosomal
region that is deleted in patients suffering from Wolf-
Hirschhorn syndrome [172]. It is the homolog of yeast inner
membrane protein Mdm38, which has been proposed to
function in an Oxa1-independent transport pathway across
the inner membrane [173]. LETM1 was found to associate
with MRPL36 and could thereby anchor the mitoribosome
to the inner membrane [174]. Overexpression of LETM1
resulted in inhibition of mitochondrial biogenesis and ATP
production. Conversely, LETM1 knockdown caused mito-
chondrial swelling, loss of tubular networks and disassembly
of OXPHOS complexes I, III, and IV [175]. Much of the exact
functions of LETM1 remain to be clarified, however, such as
its role in cell viability and tumorigenesis, in addition to its
potential interaction with the mitoribosome [174–176].

Coupling mitochondrial protein synthesis to insertion of
the protein into the inner membrane will be advantageous
for the efficient formation of OXPHOS complexes. As
mentioned previously, transcription seems to be coupled
to the translation system as well. A similar process called
transertion, the coupled transcription-translation-insertion
of proteins into and through membranes, is found in
bacteria [177, 178]. Linking of these processes generates
hyperstructures, which are assemblies of different types
of (macro)molecules that form an organizational level
intermediate between genes/proteins and whole cells [179].
Thus the mtDNA, transcription and translation machineries
may be dynamically connected to the inner membrane into
hyperstructures at assembly sites for the OXPHOS system.

4.3. Assembly of OXPHOS Complexes. Each OXPHOS com-
plex has a specific assembly pathway, which involves chap-
erones that are not part of the functional complex but are
implicated in its formation: the assembly factors. Up till
now, 22 assembly factors have been identified and the list
is still growing (see [180] for an overview, including defects
in assembly): eleven for complex I (NDUFA12L or B17.2L
[181], NDUFAF1 or CIA30 [182], NDUFAF2 [181, 183],
NDUFAF3 or C3ORF60 [184], NDUFAF4 or C6ORF66
[185], Ecsit [186], C8ORF38 [187], C20ORF7 [188, 189],
and possibly the CIA84 ortholog PTCD1 [190], AIF [191]
and IND1 [192]), one for complex II (SDHAF1 [193]), one
for complex III (BCS1L [194]), six for complex IV (SURF1,
COX10, COX15, SCO1, SCO2, and supposedly LRPPRC
[138, 195]), and four for complex V (ATP11, ATP12 [196],
and possibly ATP23 [197] and OXA1L [198]). Naturally,
structural proteins can have additional functions in the
assembly of the particular OXPHOS complex.
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The organization of the OXPHOS system is more intri-
cate than separately assembled complexes that are arranged
in sequence in the inner mitochondrial membrane. Two
models for the organization of the mitochondrial respiratory
chain have been proposed: (1) the “fluid-state” or “random
collision” model, which has been the preferred description,
where all OXPHOS complexes diffuse individually in the
membrane and electron transfer depends on the random
collision of the complexes and electron carriers; (2) the
“solid-state” model, which was proposed over 50 years
ago and has recently received more attention, where the
complexes together form large supramolecular structures
termed supercomplexes or respirasomes [199, 200]. The
most plausible scenario, however, is a combination of these
two models: the “plasticity” model [201]. In this model,
single complexes (“fluid-state” model) and different types
of supercomplexes (“solid-state” model) coexist in the inner
membrane. Complex I, for instance, is mainly found in
association with complex III in various supercomplexes that
additionally contain the electron carriers coenzyme Q and
cytochrome c, complex IV, and sometimes complex II or
V, and are able to respire. On the other hand, most of the
complexes II and IV are present as individual entities. How
the supercomplexes are assembled is currently not known,
but the significance of this arrangement for the stability of
the different complexes is certain. This is emphasized by the
finding that primary defects in, for example, complex III
can lead to secondary instability of another complex, such
as complex I, through improper supercomplex formation
[202]. More often, though, a mutation results merely in
an isolated deficiency of the particular complex. Recently,
defects in Tafazzin, a protein required for the metabolism of
the inner membrane phospholipid cardiolipin, was shown
to affect complex I/III2/IV supercomplex stability [203].
The cardiolipin deficiency resulted in weakened interactions
between complexes I, III, and IV, unstable supercomplexes,
and decreased levels and activities of the complexes them-
selves, ultimately causing Barth syndrome. Thus combined
OXPHOS deficiencies can also be caused by defects in the
assembly of supercomplexes.

For proper assembly of the OXPHOS system, mitochon-
drial fusion and fission events are crucial since they control
mitochondrial morphology and thereby also mitochondrial
function. Disruption of fusion or fission primarily affects two
key functions of mitochondria: respiration and regulation
of apoptosis [204, 205]. Defects in fusion proteins MFN2
(mitofusin 2) and OPA1 (optic atrophy 1), for instance,
cause a reduction in membrane potential and OXPHOS
enzyme activities and are associated with the neurodegener-
ative diseases Charcot-Marie-Tooth type 2A and dominant
optic atrophy, respectively. Additionally, down-regulating
the expression of DNML1 (dynamin 1-like, also called
DRP1 or DLP1), a protein involved in mitochondrial and
peroxisomal fission, led to loss of mtDNA and a decrease
in mitochondrial respiration [206]. In a patient with a
DNML1 deficiency, however, no mitochondrial morphology
abnormalities or impairment in respiratory function could
be detected, despite elevated lactate levels [206, 207].

5. Mutations That Impair Mitochondrial
Translation and Result in Mitochondrial
Disorders

Given the multitude of proteins and complexity of the
processes that are required for a properly functioning
OXPHOS system, it is not surprising that in many patients
with a mitochondrial disorder the underlying molecular
genetic defect has not yet been identified. Nonetheless,
since the discovery of the first mtDNA mutations associated
with mitochondrial disorders in 1988 [208, 209], numerous
mutations in mtDNA and nDNA have been reported and
the list is still expanding (for an overview see e.g., [43]).
In each of the previous sections we have briefly mentioned
the relevant genes implicated in mitochondrial disorders,
with the exception of genes of the mitochondrial translation
process. Here we will discuss in more detail the mutations
found in this class of genes. Table 1 gives an overview of the
genes implicated in combined OXPHOS deficiencies. These
genes are also depicted in Figure 1.

5.1. MtDNA Mutations. As already stated in the introduc-
tion, the majority of mutations associated with combined
OXPHOS deficiencies and a mitochondrial translation defect
are located in the mitochondrial genome. Approximately
150 mutations, of which a large percentage awaits proper
determination of their pathological significance (see [210]
for a scoring system), have been reported in mitochondrial
tRNA genes and a few in rRNA genes [12]. It is beyond
the scope of this review to discuss these mutations in
detail; overviews of mitochondrial tRNA mutations and their
molecular and clinical consequences have been published
before [210–212].

The tRNALeu(UUR) gene forms a hotspot for pathogenic
mutations with nearly 30 different mutations, but in all tRNA
genes, mutations have been detected now. A pathogenic
tRNA gene mutation is expected to lead to a combined
OXPHOS defect through a decreased rate of mitochondrial
protein synthesis. The exact complexes that show a deficiency
differ for each mutation, partly depending on which tRNA
is affected and the percentages of the corresponding amino
acid in the different OXPHOS subunits. The pathogenic
mechanisms involved in the translation defect due to a
tRNA mutation are numerous and frequently multiple events
are involved; potential effects are: impaired transcription
termination, impaired tRNA maturation, defective post-
transcriptional modification of the tRNA, effect on tRNA
structure (e.g., global structural weakness or conformational
alteration), decreased tRNA stability (found for all mutations
investigated), reduced aminoacylation, decreased binding
to translation factor mtEFTu or the mitoribosome, and
disturbed codon reading [211]. However, cases are known
where mitochondrial translation was not or only slightly
affected despite clear impairment of the OXPHOS system
(e.g., [220, 221]). Possibly, this is due to toxic effects of
premature translation products generated by the absence
of the correctly functioning tRNA [222]. These peptides
could interfere with the assembly of the OXPHOS complexes
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Table 1: Genes involved in the biogenesis or maintenance of multiple OXPHOS complexes and implicated in mitochondrial disorders.

Affected process Gene Protein (function) References

Combined OXPHOS deficiencies with normal
complex II activities a

MtDNA replication

POLG Polymerase γ catalytic subunit [13, 213]

POLG2 Polymerase γ accessory subunit [13, 214]

C10orf2 Twinkle (mtDNA helicase) [13]

Nucleotide synthesis and transport

DGUOK Deoxyguanosine kinase [13]

TK2 Thymidine kinase 2 [13]

TYMP Endothelial cell growth factor 1 (thymidine
phosphorylase)

[13]

SLC25A4 Adenine nucleotide translocator 1 [13]

SLC25A3 Solute carrier family 25 member 3 (phosphate
transporter)

[43, 215]c

SUCLG1 Succinate-CoA ligase α -subunit [43, 216]

SUCLA2 Succinate-CoA ligase β-subunit [13, 216]

RRM2B Ribonucleotide reductase M2 B [13, 217]

MPV17 Mt inner membrane protein [13]

Mt translation

22 mitochondrial tRNA genes [12]

2 mitochondrial rRNA genes [12]

GFM1 Mt translation elongation factor G1 [15]

TSFM Mt translation elongation factor Ts [21]

TUFM Mt translation elongation factor Tu [22]

MRPS16 Mt ribosomal protein S16 [18]

MRPS22 Mt ribosomal protein S22 [19]

PUS1 Pseudouridine synthase 1 [14]

TRMU tRNA 5-methylaminomethyl-2-thiouridylate
methyltransferase

[24]

DARS2 Mt aspartyl-tRNA synthetase 2 [20]c

RARS2 Mt arginyl-tRNA synthetase 2 [16]

Other combined OXPHOS deficiencies b

Mt protein import
TIMM8A Translocase of inner mt membrane 8 homolog

A (small TIM complex subunit)
[74]c

DNAJC19 DnaJ homolog, subfamily C, member 19
(TIM23 complex subunit)

[76]

Mt membrane biogenesis and maintenance

TAZ Tafazzin (cardiolipin metabolism) [203, 218]

OPA1 Optic atrophy 1 (mt fusion) [205]

MFN2 Mitofusin 2 (mt fusion) [205]

DNM1L Dynamin 1-like (mt and peroxisomal fission) [207]c

Mt protein processing and quality control SPG7 Spastic paraplegia 7 or paraplegin (m-AAA
protease subunit)

[144, 219]

aBased on the function of the affected proteins, a combined complex I, III, IV and V deficiency would be expected, however, not always do all these enzyme
complexes display decreased activities.
bAll OXPHOS complexes are expected to malfunction based on the function of the affected proteins; nonetheless, large variations have been found in the
exact OXPHOS complexes involved.
cThe OXPHOS complexes showed normal activities.

or exert their toxic effect through interactions with other
(non)mitochondrial components, while a quantitative deficit
in mitochondrial protein synthesis cannot be detected.

The best-studied mitochondrial tRNA mutations are
3243A>G in tRNALeu(UUR) (MT-TL1) and 8344A>G in

tRNALys (MT-TK). The 3243A>G mutation is one of the
most common mutations and causes a range of clinical
phenotypes, of which MELAS is the most prevalent [223].
There is controversy over the pathogenic mechanism of
the 3243A>G mutation: both loss-of-function (due to poor
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aminoacylation, reduced stability or lack of wobble-base U
hypermodification) and gain-of-function (due to lack of the
hypermodification) of the mutant tRNA have been proposed
[224]. The post-transcriptional taurine modification at the
anticodon wobble position is needed to restrict decoding
to leucine UUR codons. Loss of this modification leads to
varying degrees of mitochondrial translation malfunctioning
in different cellular backgrounds through a combination
of a decoding defect of UUG (and UUA) codons (loss-
of-function) and amino acid misincorporation (gain-of-
function) [126, 225]. Additionally, the 3243A>G mutation
was shown to diminish 16S rRNA transcription termination
and alter processing of the primary transcript [61, 226],
but these effects are likely to contribute less to the disease
etiology than the previously mentioned mechanisms. The
8344A>G mutation is associated with MERRF (myoclonic
epilepsy with ragged-red fibers). It has also been reported
to affect aminoacylation and taurine modification of the
wobble-base U, the latter which abolishes codon-anticodon
pairing on the mitoribosomes for both tRNALys codons [225,
227]. This generates a marked decrease in mitochondrial
protein synthesis that is most pronounced in proteins with a
high lysine content and is believed to result from premature
translation termination.

Most rRNA mutations have been reported in the
12S rRNA gene (MT-RNR1) and all of these are asso-
ciated with nonsyndromic sensorineural hearing loss or
aminoglycoside-induced deafness, with the 1555A>G muta-
tion forming one of the most common causes [12, 228].
This mutation is located in the decoding site of the mitori-
bosomal SSU and results in a secondary rRNA structure
that more closely resembles the corresponding region of
the bacterial 16S rRNA, impairing mitochondrial protein
synthesis and facilitating interaction with aminoglycoside
antibiotics, which again exacerbates the translation defect.
The mutation alone does not lead to disease, only in
combination with modulators such as the aminoglycosides,
mitochondrial haplotypes and nuclear modifier genes (e.g.,
TFB1M, as already mentioned in Section 3.3). In the 16S
rRNA gene (MT-RNR2) merely 3 mutations have been
found: 2835C>T, 3093C>G, and 3196G>A [12]. These
mutations are thought to be associated with Rett syndrome,
MELAS, and Alzheimer and Parkinson disease, respectively,
[229–231]. Nevertheless, further investigations are necessary
to determine their pathogenicity.

5.2. nDNA Mutations. Up till now, mutations in nine
nuclear genes implicated in mitochondrial protein synthesis
have been associated with mitochondrial disorders. The
first report was a homozygous missense mutation in the
tRNA modifying gene PUS1 [14], and shortly thereafter
homozygous mutations were detected in the genes for
elongation factor mtEFG1 [15] and mitoribosomal protein
MRPS16 [18]. Subsequently, four compound heterozygous
mutations in GFM1 (coding for mtEFG1) [22, 25] and
homozygous mutations in TUFM (encoding mtEFTu) [22],
TSFM (coding for mtEFTs) [21], MRPS22 [19], PUS1 again
[17], and in the arginine tRNA synthetase gene (RARS2)
[16] were found, bringing the total number of mutations on

12. Additionally, several compound heterozygous mutations
have been reported in the gene for mitochondrial aspartyl-
tRNA synthetase (DARS2) [20, 23]. Recently, 9 mutations
were identified in the gene for another tRNA modifying
gene, TRMU [24]. All patients harboring these mutations
show combined OXPHOS deficiencies, with (near) normal
complex II activities, and a clear defect in mitochondrial
translation (the latter was not tested for the MRPS22, RARS2,
and DARS2 mutations). The one exception is DARS2:
surprisingly, Blue-native PAGE as well as spectrophotometric
measurements revealed normal OXPHOS enzyme activities
[20]. The clinical features differ substantially between all
patients and even between patients that carry the same
mutation, but generally the mutations result in severe and
early-fatal diseases.

As already mentioned in Section 2.3, defects in the tRNA-
modifying enzymes PUS1 and TRMU can result in mito-
chondrial disease. PUS1 converts uridine into pseudouridine
at several cytoplasmic and mitochondrial tRNA positions
and thereby improves translation efficiency in the cytosol as
well as the mitochondrion [17]. Thus it is not part of the
translation machinery, but it is required for protein synthesis
due to its function in post-transcriptional modification
of tRNAs. Pseudouridylation is the most frequently found
modification in tRNAs [232], however, the exact function is
not entirely clear. The marked variability in the severity of
the MLASA syndrome, despite the presence of an identical
PUS1 mutation, could partly be explained by the dual
localization of PUS1 [17]. A defect in PUS1 therefore impairs
both cytosolic and mitochondrial translation, resulting in
corresponding clinical symptoms that can vary due to indi-
vidual differences in compensation mechanisms in both cell
compartments. Bykhovskaya et al. suggested that compen-
satory changes in transcript levels of ribosomal proteins can
overcome the lack of pseudouridylation of tRNAs and that
pleiotropic effects of PUS1 on non-tRNA substrates involved
in transcription and iron metabolism are a major cause of the
disease phenotype [233]. Notably, complex II can be affected
slightly in addition to the other OXPHOS complexes that all
contain mtDNA-encoded subunits [17]. This could be a pri-
mary effect of the decrease in cytosolic translation or it could
be a secondary effect of the mitochondrial translation deficit,
leading to disruption of the mtDNA-dependent complexes,
which can subsequently cause destabilization of the entire
OXPHOS system. TRMU (tRNA 5-methylaminomethyl-2-
thiouridylate methyltransferase) is responsible for the 2-
thio modification of the wobble-base of the mitochondrial
tRNALys, tRNAGln and tRNAGlu. Defects in this enzyme
result in reduced steady-state levels of these three tRNAs
and consequently impaired mitochondrial protein synthesis
[24, 62]. The 2-thiouridylation is reported to be critical for
effective codon-anticodon interaction and ribosome binding
[234, 235].

Concerning the mitochondrial translation factors,
defects have only been found in proteins involved in the elon-
gation phase, in all elongation factors except for mtEFG2,
which appears to function in termination instead elongation.
In GFM1, mutations have been reported in nearly all
protein domains, leading to severe hepato(encephalo)pathy



Journal of Biomedicine and Biotechnology 15

[15, 22, 25]. All mutations result in a marked global
translation defect, with the strongest deficit in the three
complex IV subunits and the two complex I subunits ND5
and ND6. Both subunits of complex V (ATP6 and ATP8)
show normal or even increased synthesis rates, possibly
caused by more efficient protein synthesis of bicistronic
compared to monocistronic mRNAs, which would then also
explain the near normal mitochondrial translation levels
of ND4 and ND4L. This variable pattern in translation
impairment was also found for a mutation in TSFM
[21], which will be described below. Surprisingly, tissues
are selectively affected by GFM1 mutations, in spite of
its ubiquitous expression, with liver being most severely
affected and heart hardly showing a defect [25]. This
tissue specificity appears to result from differences among
tissues in the relative ratios of the elongation factors and
in adaptive changes herein in response to dysfunction.
For example, transcription of TUFM was upregulated
in cardiac tissue in patients with a GFM1 mutation and
overexpression of either TUFM or TSFM in control and
patient fibroblasts impaired mitochondrial translation.
Overexpression of GFM2, on the contrary, did not have a
clear effect on protein synthesis in either control or patient
cells [15, 25]. Remarkably, mtEFTu or mtEFG2, but not
mtEFTs or mtEFG1, can partially suppress the combined
OXPHOS system defect caused by the 3243A>G mutation

in tRNALeu(UUR) [126]. These observations evidence that
efficient mitochondrial translation partly depends on
appropriate ratios of the elongation factors. A homozygous
mutation in TUFM was shown to be responsible for rapidly
progressive encephalopathy [22]. The mutation, located in
the tRNA-binding region of mtEFTu, hampers the formation
of the ternary complex with GTP and an aminoacylated
tRNA, resulting in a severe decrease in mitochondrial protein
synthesis [22, 236]. Notably, a homozygous mutation in
TSFM led to encephalomyopathy in one patient and
hypertrophic cardiomyopathy in another [21]. This could
be due to individual differences in relative abundance of
the translation factors and compensatory mechanisms in
the various tissues. Alternatively, as yet unknown genetic
modifiers of the mitochondrial translation machinery could
be involved. Steady-state levels of not only mtEFTs but also
mtEFTu were reduced, and overexpression of either factor
rescued the OXPHOS deficiency and translation defect.
The most likely explanation for these findings is that the
mutation, situated in a subdomain of mtEFTs that interacts
with mtEFTu, destabilizes the mtEFTu·mtEFTs complex and
promotes turnover of its components. Additional mtEFTu
or mtEFTs would then stabilize the complex.

Of all 81 human MRPs, mutations have been found
in merely two of them: MRPS16 and MRPS22 [18, 19].
Both defects resulted in a marked decrease in the 12S rRNA
transcript level, probably caused by impaired assembly of
the mitoribosomal small subunit, generating unincorporated
and instable 12S rRNA. MRPS16 is evolutionary highly
conserved, however, MRPS22 is only present in metazoa
[107]. Recently, both proteins were shown to be important
for assembly of the SSU [123]. In fibroblasts from patients

with a MRPS16 or MRPS22 mutation, the level of MRPS11
was significantly reduced, whereas considerable amounts
of MRPS2 were present. Furthermore, MRPS16 was barely
detectable in the MRPS22-mutated patient. The presence
of MRPS22 was not determined in these patients. On the
other hand, near normal levels of MRPL13, MRPL15 [123]
as well as 16S rRNA [18, 19] were found. These observations
indicate that both MRPS16 and MRPS22 are essential for
assembly and stability of the SSU. A lack of these MRPs
results in the failure to assemble part of the mitoribosome,
containing at least MRPS11, MRPS16, MRPS22, and 12S
rRNA, and subsequent degradation of its components. Both
a macromolecular complex containing MRPS2 and the
mitoribosomal large subunit can still be formed in the
absence of a functional SSU, suggesting that the assembly
of the mitoribosome is a process consisting of relatively
independent subassembly steps.

Mutations in the mitochondrial arginyl- and aspartyl-
tRNA synthetases (RARS2 and DARS2) are associated with
severe encephalopathy with pontocerebellar hypoplasia and
LBSL (leukoencephalopathy with brain stem and spinal cord
involvement and lactate elevation), respectively [16, 20, 23].
In both genes, intronic mutations that affect splicing were
detected. The absence of extracerebral symptoms might be
explained by a potential difference in abundance of splicing
factors between brain and the unaffected tissues, enabling
synthesis of small amounts of wild-type transcript of the
synthetases in most tissues. Alternatively, the vulnerability
of the brain for aminoacyl-tRNA synthetase defects could
be due to the high expression of mitochondrial tRNAs in
this tissue [237]. The tRNAArg transcript is scarcely present,
but almost fully acylated, in patient fibroblasts harboring a
RARS2 mutation. Presumably, the little available wild-type
RARS2 can aminoacylate a small portion of the tRNAArg

molecules and the uncharged transcripts then become
unstable. This will impair mitochondrial protein synthesis,
which has only been confirmed in yeast [238]. In contrast,
DARS2 mutations do not seem to affect mitochondrial
translation and likewise do not result in defects of the
OXPHOS complexes, notwithstanding a clear reduction in
aminoacylation activity [20]. The reason for this is currently
not understood.

Besides these nine gene products, numerous proteins
are indirectly involved in mitochondrial translation, as
should be evident from the current review, and defects
in these proteins could undoubtedly also interfere with
the translation process. For example, lack of the protease
paraplegin (see Section 3.3 for information on its function)
results in impaired mitochondrial translation in yeast and
in a hereditary spastic paraplegia (HSP) mouse model
[143]. Nonetheless, HSP patients with mutations in para-
plegin (HSP7) do not show consistent OXPHOS enzyme
deficiencies [239–241]; often only or mainly complex I
is affected, while a combined defect would be expected.
The selective involvement of certain neurons could in this
case be rationalized by tissue-specific differences in the
expression of m-AAA protease subunits and their assembly
into proteolytic complexes, which vary in their subunit
composition depending on subunit availability [242]. This
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is analogous to the importance of elongation factor ratios
for efficient mitochondrial translation and tissue-specific
variability herein.

6. Future Prospects

We have provided an extensive overview of the proteins and
processes (in)directly involved in mitochondrial translation
and the biogenesis of the OXPHOS system. Even though
our understanding of the mechanisms implicated in mito-
chondrial disease has increased rapidly over the last two
decades, it is far from complete. Due to the multitude of
proteins and intricacy of the processes needed for a properly
functioning OXPHOS system, identifying the genetic defect
that underlies an OXPHOS deficiency is not an easy task.
The shortage of large or consanguineous families as well as
the substantial clinical and genetic heterogeneity of mito-
chondrial disorders complicate the search by limiting the
available strategies. For instance, techniques such as linkage
analysis and homozygosity mapping that form powerful
tools in combination with whole-genome experimental data
sets [136, 243] often cannot be applied and mutation chips
are currently only available for the mtDNA. Consequently,
the molecular basis of many OXPHOS disorders remains
unresolved. In the future, molecular genetic diagnosis of
patients suspected to suffer from a mitochondrial disorder
might no longer require extensive investigations that inte-
grate information from clinical phenotype, family history,
brain imaging and laboratory findings to direct the laborious
tasks of screening known candidate genes and, when this is
unsuccessful, searching for new genetic causes [43]. Instead,
recent progress in the development of next-generation DNA
sequencing technologies, which are much cheaper and faster
than the conventional approach of polymerase chain reaction
followed by capillary sequencing, indicates that within the
next few decades high-throughput sequencing could become
a feasible option for mutation detection [244, 245]. These
methods are anticipated to eventually enable sequencing
of the entire human genome for under $1000 within a
day, allowing their routine clinical use and accelerating the
discovery of novel disease genes. Exome sequencing, that is,
the targeted sequencing of all protein-coding regions, offers
an alternative to whole-genome sequencing by facilitating
direct identification of the causative gene at a fraction
of the costs [246, 247]. However, much remains to be
achieved, for example proper bioinformatic tools to deal with
the tremendous amounts of data, before such technologies
can be readily applied to elucidate the genetic etiology of
OXPHOS deficiencies and other disorders. Systems biology
techniques will keep increasing our knowledge of the mecha-
nisms underlying complex diseases and in combination with
high-throughput sequencing these approaches will advance
disease-gene discovery even more. Integrative analysis of
functional data is useful especially for gaining insight into
the scarcely understood field of modifier genes, which are
thought to account for part of the clinical variability seen
in mitochondrial diseases. Systematic mapping of genetic
interactions revealed a class of modifier or “hub” genes that
are proposed to enhance the phenotypic consequences of

mutations in many different genes, the “specifier” genes that
define the specific disorders, and thus serve as global mod-
ifier genes in multiple mechanistically unrelated disorders
[248]. Hopefully, these and other important findings will
lead to the discovery of additional modifier genes implicated
in mitochondrial disorders. Progress in mutation detection,
both in specifier and modifier genes, is crucial for extending
the possibilities for genetic counseling, prenatal diagnosis,
and interventions to prevent transmission now and to cure
these serious disorders in the future. Currently, no effective
therapy is available; the various existing treatment strategies
are mainly supportive [249, 250]. Gene therapy might offer
a solution since it allows for curative treatment without
the need for a clear genotype-phenotype correlation, which
is often lacking in mitochondrial disorders. Although the
development is still in its infancy for both mtDNA and
nDNA gene therapy and many challenges are to be overcome,
promising results have been obtained in cell cultures and
animal models, providing hope for a cure in the not-too-
distant future. Thus rapid advances in technologies and
consequently in our understanding of the pathogenesis
of OXPHOS defects should lead to the ultimate goal of
effectively preventing and curing these often devastating
disorders.
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a negative regulator of mammalian mtDNA transcription,”
Cell, vol. 130, no. 2, pp. 273–285, 2007.

[53] M. Roberti, F. Bruni, P. Loguercio Polosa, C. Manzari, M. N.
Gadaleta, and P. Cantatore, “MTERF3, the most conserved
member of the mTERF-family, is a modular factor involved
in mitochondrial protein synthesis,” Biochimica et Biophysica
Acta, vol. 1757, no. 9-10, pp. 1199–1206, 2006.

[54] A. Cayuela, Y. Shi, and C. M. Gustafsson, “Initial charac-
terization of MTERF4, a paralogue of MTERF1 (mTERF),”
in Proceedings of the 7th European Meeting on Mitochondrial
Pathology (EUROMIT ’08), p. 20, Stockholm, Sweden, June
2008, abstract no. 14.

[55] D. Ojala, J. Montoya, and G. Attardi, “tRNA punctuation
model of RNA processing in human mitochondria,” Nature,
vol. 290, no. 5806, pp. 470–474, 1981.
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Chronic inflammation is involved in the pathogenesis of insulin resistance, atherosclerosis, neurodegeneration, and tumour
growth. Regular exercise offers protection against type 2 diabetes, cardiovascular diseases, colon cancer, breast cancer, and
dementia. Evidence suggests that the protective effect of exercise may to some extent be ascribed to the antiinflammatory effect of
regular exercise. Here we suggest that exercise may exert its anti-inflammatory effect via a reduction in visceral fat mass and/or by
induction of an anti-inflammatory environment with each bout of exercise. According to our theory, such effects may in part be
mediated via muscle-derived peptides, so-called “myokines”. Contracting skeletal muscles release myokines with endocrine effects,
mediating direct anti-inflammatory effects, and/or specific effects on visceral fat. Other myokines work locally within the muscle
and exert their effects on signalling pathways involved in fat oxidation and glucose uptake. By mediating anti-inflammatory effects
in the muscle itself, myokines may also counteract TNF-driven insulin resistance. In conclusion, exercise-induced myokines appear
to be involved in mediating both systemic as well as local anti-inflammatory effects.

1. Introduction

Over the past several decades, numerous large cohort studies
have attempted to quantify the protective effect of physical
activity on cardiovascular and all-cause mortality. A recent
meta-analysis included a total of 33 studies with 883,372
participants with a followup time of up to more than 20 years
[1]. Concerning cardiovascular mortality, physical activity
was associated with a risk reduction of 35%, whereas all-
cause mortality was reduced by 33%. Taken together, there
is no doubt that physical activity is independently associated
with a marked decrease in risk of cardiovascular disease
(CVD) as well as CVD mortality in both men and women.

Randomised controlled trials including people with
impaired glucose tolerance have found that lifestyle mod-
ification (diet and moderate physical activity) protects
against the development of type 2 diabetes. A Finnish
trial randomised 522 overweight middle-aged people with
impaired glucose tolerance to physical training combined
with diet or to control and followed them for 3.2 years

[2]. The risk of type 2 diabetes was reduced by 58% in the
intervention group. The effect was largest in the patients who
made the greatest lifestyle modification. An American trial
randomised 3,234 people with impaired glucose tolerance
to treatment with metformin, lifestyle modification entailing
dietary change and at least 150 minutes of physical exercise
weekly, or placebo and followed them for 2.8 years [3]. The
lifestyle modification reduced the risk of type 2 diabetes by
58%. The reduction was, thus, the same as in the Finnish
trial [2], whereas treatment with metformin only reduced
the risk of diabetes by 31%. After a median of 4 years of
active intervention period, participants in the Finnish study
who were still free of diabetes were further followed up for a
median of 3 years. During the total followup, the incidence
of type 2 diabetes was 4.3 and 7.4 per 100 person-years in
the intervention and control groups, respectively, indicating
43% reduction in relative risk. The risk reduction was related
to the success in achieving the intervention goals of weight
loss, reduced intake of total and saturated fat and increased
intake of dietary fibre, and increased physical activity [4].
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In humans, type 2 diabetes are associated with impaired
cognitive function, including learning, memory, and pro-
cessing speed [5]. Large longitudinal population-based stud-
ies show that the rate of cognitive decline is accelerated in
elderly people with type 2 diabetes [6]. A recent review [7]
showed that the incidence of ‘any dementia’ was higher in
individuals with type 2 diabetes than in those without. This
high risk included both Alzheimer’s disease and vascular
dementia. Interestingly, a couple of studies suggest that
regular exercise also protects against dementia [8–10].

Type 2 diabetes, cardiovascular diseases, colon cancer,
breast cancer, and dementia constitute a cluster of diseases
that defines “a diseasome of physical inactivity” [11].
Both physical inactivity and abdominal adiposity, reflecting
accumulation of visceral fat mass, are associated with the
occurrence of the diseases within the diseasome. We recently
suggested that physical inactivity leads to accumulation of
visceral fat and consequently the activation of a network
of inflammatory pathways, which promote the development
of insulin resistance, atherosclerosis, neurodegeneration,
tumour growth, and thereby the development of the diseases
belonging to the “diseasome of physical inactivity” [11].

Chronic inflammation accompanies the diseases within
the “diseasome of physical inactivity”, potentially explaining
the clustering of these chronic disorders in epidemiological
studies. The aim of the present review is to summarize the
evidence suggesting that regular exercise creates an anti-
inflammatory environment, and thereby offers protection
against a vast number of chronic diseases.

2. Inflammation as a Cause of Chronic Diseases

Systemic low-grade inflammation is defined as two- to four-
fold elevations in circulating levels of proinflammatory and
anti-inflammatory cytokines, naturally occurring cytokine
antagonists, and acute-phase proteins, as well as minor
increases in counts of neutrophils and natural killer cells
[12–14]. Chronic inflammation contributes to the develop-
ment of atherosclerosis, insulin resistance, tumour growth,
and neurodegenation [15], and thus directly influences
pathogenesis of key importance for the development of the
chronic diseases within the “diseasome of physical inactivity”
[11].

It appears that TNF-α may play a direct role in the
metabolic syndrome, recently reviewed in [16]. In vitro
studies demonstrate that TNF-α has direct inhibitory effects
on insulin signalling. Moreover, TNF-α infusion in healthy
humans induces insulin resistance in skeletal muscle, without
an effect on endogenous glucose production [17].

It has also been proposed that TNF-α causes insulin
resistance indirectly in vivo by increasing the release of
free fatty acids (FFAs) from adipose tissue. TNF-α increases
lipolysis in human and 3T3-L1 adipocytes. However, TNF-
α has no effect on muscle protein turnover or fatty acid
oxidation but increases fatty acid incorporation into diacyl-
glycerol, which may be involved in the development of the
TNF-α-induced insulin resistance in skeletal muscle [18, 19].
Moreover, evidence suggests that TNF-α plays a direct role in

linking insulin resistance to vascular disease [20, 21]. Several
downstream mediators and signalling pathways seem to
provide the crosstalk between inflammatory and metabolic
signalling. These include the discovery of c-Jun N-terminal
kinase (JNK) and I kappa beta kinase (IKK) as critical
regulators of insulin action activated by TNF-α [22]. In
human TNF-α infusion studies, TNF-α increases phosphory-
lation of p70 S6 kinase, extracellular signal-regulated kinase-
1/2, and c-Jun NH(2)-terminal kinase, concomitantly with
increased serine and reduced tyrosine phosphorylation of
insulin receptor substrate-1[21]. These signalling effects are
associated with impaired phosphorylation of Akt substrate
160, the most proximal step identified in the insulin sig-
nalling cascade regulating GLUT4 translocation and glucose
uptake [21].

The role of IL-6 in insulin resistance is highly contro-
versial, as reviewed in [16]. Infusion of recombinant human
(rh)IL-6 into resting healthy humans does not impair whole
body, lower limb, or subcutaneous adipose tissue glucose
uptake or endogenous glucose production (EGP), although
IL-6 contributes to the contraction-induced increase in
endogenous glucose production [16]. A number of studies
indicate that IL-6 enhances lipolysis, as well as fat oxidation,
via an activation of AMP-activated protein kinase (AMPK),
reviewed in [16]. Consistent with this idea, Wallenius et
al. [23] demonstrated that IL-6 deficient mice developed
mature-onset obesity and insulin resistance. In addition,
when the mice were treated with IL-6, there was a significant
decrease in body fat mass in the IL-6 knockout, but not
in the wild-type mice. To determine whether physiologi-
cal concentrations of IL-6 affected lipid metabolism, our
group administered physiological concentrations of rhIL-6
to healthy young and elderly humans as well as to patients
with type 2 diabetes [24, 25]. The latter studies identified
IL-6 as a potent modulator of fat metabolism in humans,
increasing lipolysis as well as fat oxidation without causing
hypertriacylglycerolaemia.

Of note, whereas it is known that both TNF-α and IL-
6 induce lipolysis, only IL-6 appears to induce fat oxidation
[18, 25]. Although circulating levels of TNF-α and IL-6
coexist in epidemiological studies [26], the biological profiles
of these cytokines are very different. TNF-α stimulates
the release of IL-6 and one theory holds that it is TNF-
α derived from adipose tissue that is actually the major
“driver” behind inflammation-induced insulin resistance
and atherosclerosis.

Importantly, also tumour progression is stimulated by
systemic elevation of proinflammatory cytokines [15, 27]. In
addition, a number of neurodegenerative diseases are linked
to a local inflammatory response in the brain (neuroinflam-
mation) and systemic inflammation may further exacerbate
the progression of neurodegeneration [28].

In summary, inflammation is directly involved in the
pathogenesis of insulin resistance, atherosclerosis, neurode-
generation, and tumour growth. Therefore, the finding that
type 2 diabetes, cardiovascular diseases, Alzheimer‘s disease
and cancer is associated with chronic inflammation suggests
that inflammatory mechanisms contribute as causative fac-
tors in the development of these disorders.
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3. The Myokine Concept

The protective effect of exercise against diseases associated
with chronic inflammation may to some extent be ascribed
to an anti-inflammatory effect of regular exercise.

In line with the acceptance of adipose tissue as an
endocrine organ, we came up with the innovative idea that
also skeletal muscle should be viewed as an endocrine organ.
We have suggested that cytokines and other peptides that
are produced, expressed, and released by muscle fibres and
exert paracrine or endocrine effects should be classified
as “myokines”. This paradigm provides a conceptual basis
explaining the multiple consequences of a physically inactive
lifestyle. If the endocrine and paracrine functions of the
muscle are not stimulated through contractions, this will
cause dysfunction of several organs and tissues of the body
as well as an increased risk of cardiovascular disease, cancer,
and dementia.

Today, it appears that skeletal muscle has the capacity to
express several myokines. The list includes IL-6, IL-8, IL-
15 [29], BDNF [30], and LIF [31]. In addition, Kenneth
Walsh, Boston, has recently identified the myokines FGF21
and Follistatin-like-1 [32, 33].

The prototype myokine, IL-6, appears to be able to
mediate metabolic effects as well as anti-inflammatory
effects. IL-6 was the first identified and to date most
studied myokine. The gp130 receptor cytokine IL-6 was
discovered as a myokine because of the observation that it
increases up to 100-fold in the circulation during physical
exercise. Identification of IL-6 production by skeletal muscle
during physical activity generated renewed interest in the
metabolic role of IL-6 because it created a paradox. On one
hand, IL-6 is markedly produced and released in the post-
exercise period when insulin action is enhanced but, on the
other hand, IL-6 has also been associated with obesity and
reduced insulin action. However, a number of studies during
the past decade have revealed that in response to muscle
contractions both type I and type II muscle fibres express
the myokine IL-6, which subsequently exerts its effects both
locally within the muscle (e.g., through activation of AMPK)
and—when released into the circulation—peripherally in
several organs in a hormone-like fashion. Within skeletal
muscle, IL-6 acts locally to signal through gp130Rβ/IL-
6Rα, resulting in activation of AMPK and/or PI3-kinase to
increase glucose uptake and fat oxidation. IL-6 may also
work in an endocrine fashion to increase hepatic glucose
production during exercise or lipolysis in adipose tissue,
reviewed in [16].

IL-15 is expressed in human skeletal muscle, and has
been identified as an anabolic factor in muscle growth,
and appears also to play a role in lipid metabolism [34].
Recently, we demonstrated that IL-15 mRNA levels were
upregulated in human skeletal muscle following a bout of
strength training [35], suggesting that IL-15 may accumulate
within the muscle as a consequence of regular training.
Interestingly, a negative association exists between plasma
IL-15 concentration and trunk fat mass. In support of the
human data, we found a decrease in visceral fat mass, but
not subcutaneous fat mass, when IL-15 was overexpressed

in murine muscle [36]. Quinn et al. found that elevated
circulating levels of IL-15 resulted in significant reductions
in body fat and increased bone mineral content, without
appreciably affecting lean body mass or levels of other
cytokines [37]. These findings lend support to the idea that
muscle-expressed IL-15 may be involved in the regulation of
visceral fat mass.

BDNF is recognized as playing a key role in regulating
survival, growth, and maintenance of neurons [38], and
BDNF plays a role in learning and memory [39]. Hippocam-
pal samples from Alzheimer’s disease donors show decreased
BDNF expression [40] and individuals with Alzheimer’s
disease have low plasma levels of BDNF [41]. Also, patients
with major depression have lower levels of serum BDNF
than normal control subjects [42]. Other studies suggest
that plasma BDNF is a biomarker of impaired memory
and general cognitive function in ageing women [43] and
a low circulating BDNF level was recently shown to be
an independent and robust biomarker of mortality risk
in old women [44]. Interestingly, we found low levels of
circulating BDNF also in individuals with both obesity and
type 2 diabetes [45]. Thus, BNDF is low in people with
Alzheimer’s disease, major depression, impaired cognitive
function, CVD, type 2 diabetes, and obesity.

We studied whether skeletal muscle would produce
BDNF in response to exercise [46]. It was found that BDNF
mRNA and protein expression was increased in human skele-
tal muscle after exercise; however; muscle-derived BDNF
appeared not to be released into the circulation. In addition,
BDNF mRNA and protein expression was increased in
muscle cells that were electrically stimulated. Interestingly,
BDNF increased phosphorylation of AMPK and Acetyl Co-
carboxylase (ACC) and enhanced fat oxidation both in vitro
and ex vivo. Thus, we have been able to identify BDNF as a
novel contraction-induced muscle cell-derived protein that
may increase fat oxidation in skeletal muscle in an AMPK-
dependent fashion. BDNF appears to be a myokine that
works in an autocrine or paracrine fashion with strong effects
on peripheral metabolism, including fat oxidation with a
subsequent effect on the size of adipose tissue [30].

In summary, contracting skeletal muscles release
myokines, which create a systemic anti-inflammatory
environment and exert specific endocrine effects on visceral
fat. Such myokines may also work locally within the muscle
and exert their effects on signalling pathways involved in
fat oxidation and glucose uptake. Taken together, myokines
may be involved in mediating the anti-inflammatory effects
of exercise.

4. The Anti-inflammatory Effects of
an Acute Bout of Exercise

Regular exercise appears to induce anti-inflammatory effects,
suggesting that physical activity per se may suppress systemic
low-grade inflammation [47]. Several studies show that
markers of inflammation are reduced following longer-term
behavioural changes involving both reduced energy intake
and increased physical activity, reviewed in [48]. However,
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the mediators of this effect are unresolved. A number of
mechanisms have been identified. Exercise increases the
release of epinephrine, cortisol, growth hormone, prolactin,
and other factors that have immunomodulatory effects [15,
49].

IL-6 is the first cytokine present in the circulation during
exercise and the appearance of IL-6 in the circulation is
by far the most marked and its appearance precedes that
of the other cytokines. The fact that the classical pro-
inflammatory cytokines, TNF-α and IL-1β, in general do
not increase with exercise, whereas exercise provokes an
increase in circulating levels of IL-1ra, IL-10, and sTNF-R
[50, 51], suggests that exercise provokes an environment of
anti-inflammatory cytokines. Importantly, we showed that
rhIL-6 infusion as well as exercise inhibited the endotoxin-
induced increase in circulating levels of TNF-α in healthy
humans [52]. The anti-inflammatory effects of IL-6 have also
been demonstrated by IL-6 stimulating the production of the
classical anti-inflammatory cytokines IL-1ra and IL-10 [53].

Recent work has shown that both upstream and down-
stream signalling pathways for IL-6 differ markedly between
myocytes and macrophages. It appears that unlike IL-
6 signalling in macrophages, which is dependent upon
activation of the NFκB signalling pathway, intramuscular
IL-6 expression is regulated by a network of signalling cas-
cades, including the Ca2+/NFAT and glycogen/p38 MAPK
pathways. Thus, when IL-6 is signalling in monocytes
or macrophages, it creates a pro-inflammatory response,
whereas IL-6 activation and signalling in muscle is totally
independent of a preceding TNF-response or NFκB activa-
tion.

In summary, the possibility exists that with regular
exercise the anti-inflammatory effects of an acute bout
of exercise will protect against chronic systemic low-grade
inflammation, but such a direct link between the acute
effects of exercise and the long-term benefits has yet to be
established.

5. Conclusion

The authors suggest that the beneficial effects of regular
exercise may be due to the anti-inflammatory effects of
muscle contractions. Such exercise effects may be mediated
via long-term effects on abdominal adiposity and/or by the
anti-inflammatory environment that is created by each acute
bout of exercise.
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We summarize the existing literature data concerning the involvement of skeletal muscle (SM) in whole body glucose homeostasis
and the contribution of SM insulin resistance (IR) to the metabolic derangements observed in several endocrine disorders,
including polycystic ovary syndrome (PCOS), adrenal disorders and thyroid function abnormalities. IR in PCOS is associated
with a unique postbinding defect in insulin receptor signaling in general and in SM in particular, due to a complex interaction
between genetic and environmental factors. Adrenal hormone excess is also associated with disrupted insulin action in peripheral
tissues, such as SM. Furthermore, both hyper- and hypothyroidism are thought to be insulin resistant states, due to insulin receptor
and postreceptor defects. Further studies are definitely needed in order to unravel the underlying pathogenetic mechanisms.
In summary, the principal mechanisms involved in muscle IR in the endocrine diseases reviewed herein include abnormal
phosphorylation of insulin signaling proteins, altered muscle fiber composition, reduced transcapillary insulin delivery, decreased
glycogen synthesis, and impaired mitochondrial oxidative metabolism.

1. Introduction

Insulin resistance (IR) constitutes a common and broadly
prevalent metabolic disorder, which seems to govern the
pathophysiology of diabetes mellitus, metabolic syndrome,
and obesity [1]. Furthermore, IR appears to be a clinically
important manifestation of various endocrine diseases,
including polycystic ovary syndrome (PCOS), thyroid and
adrenal diseases, as well as their complications [2–5]. From
a pathophysiological point of view, IR appears to be the end
result of a complex interaction between genetic predisposi-
tion and environmental factors.

In general, IR indicates the presence of an impaired
peripheral tissue response to endogenously secreted insulin.
It is typically manifested as both decreased insulin-mediated
glucose uptake (IMGU) at the level of adipose and skeletal
muscle (SM) tissue, and as an impaired suppression of
hepatic glucose output. A significant body of evidence
supports the critical role of SM for the development of
IR, most commonly through an interactive cross-talk with
adipose and liver tissue [6–8].

2. Skeletal Muscle and Glucose Homeostasis

SM plays a crucial role in maintaining systemic glucose
metabolism, accounting for 85% of whole body insulin-
stimulated glucose uptake [7]. In SM, insulin stimulates
glucose uptake by increasing the translocation of glucose
transport molecules, mainly GLUT4, from intracellular
vesicles to the cell surface [9]. This process is initiated
upon binding of insulin to the transmembrane receptor
and is mediated through an intracellular molecular signal-
ing cascade, including the consecutive phosphorylation of
several cytosolic proteins, such as insulin receptor substrate
molecules (IRS), phosphatidylinositol 3-kinase (PI3K), and
protein kinase B (PKB/Akt) [9]. To date, among the four
different IRS molecules that have been cloned, IRS-1 and
IRS-2 appear to be the predominant isoforms expressed in
SM. IRS molecules serve as docking sites for specific signaling
proteins, such as PI3K, and play a key role for downstream
insulin signaling [9]. Recent studies have proposed four dif-
ferent PI3K isoforms in human SM, involved in the insulin-
dependent PI3K signaling pathways [9]. These isoforms
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elicit different, rather specific, insulin-induced responses.
Although the exact molecular link between PI3K and glucose
transport has not been fully elucidated yet, protein kinase B
(PKB) or Akt (Akt/PKB) and members of the protein kinase
C (PKC) family have been suggested as important molecules
in the metabolic pathway of insulin-signaling, leading ulti-
mately to increased intracellular glucose transport [9].

The activated insulin-signaling cascade results in the
release of GLUT4 from an intracellular reservoir compart-
ment and its translocation and final fusion with the plasma
membrane. This is the rate-limiting step for the uptake of
glucose, which is transported across the plasma membrane
and further processed by either oxidative (glycolysis) or
nonoxidative pathways (glycogen synthesis) [9].

However, glucose disposal in SM is not entirely indepen-
dent from the metabolic effects of insulin on other peripheral
tissues, such as adipose tissue (AT). It seems that IR at the
level of SM might be also secondarily induced to adipose
tissue IR. More specifically, it has been shown that mice with
AT-specific knockout of GLUT4 had an impaired IMGU in
SM as well, despite preserved GLUT4 expression in this tissue
[6]. Moreover, AT overexpression of GLUT4 reversed the
impaired IMGU observed in SM-specific GLUT4 knockout
mice, without concomitantly restoring glucose transport
in SM [8]. These experimental findings have highlighted
the importance of interactive communication (cross-talk)
between AT and SM in terms of regulating glucometabolic
balance.

3. Skeletal Muscle and Insulin Resistance

SM is a principal tissue responsible for IMGU which has
recently gained a lot of interest, as a major site involved
in peripheral IR. Most of the available data have derived
from studies in type 2 diabetes mellitus (T2DM), where
SM has emerged as an important insulin-resistant peripheral
tissue, via molecular mechanisms that are currently being
extensively investigated.

In vitro and in vivo data from humans and laboratory
animals support a selective insulin-signaling defect at the
level of glucose transport in SM. In type 2 diabetic patients,
IMGU in SM has been found to be significantly reduced by
about 50%, without clarifying whether this is a permanent
defect or rather a short-term downregulation secondary
to the diabetic state. Furthermore, an additional possible
explanation for the development of IR in SM is related to
specific alterations in the insulin-signal transduction path-
way, including decreased IRS-1 protein content, impaired
IRS-1 phosphorylation, reduced PI3K activity, or altered
protein expression of the regulatory subunit of PI3K [9, 10].
Alterations in the expression or translocation of GLUT4 to
the plasma membrane have been also implicated as potential
pathogenetic mechanisms. However, whether these defects
are actually a primary cause of IR or rather a secondary
effect to an altered metabolic milieu remains still unresolved
[11].

Despite the considerable body of evidence supporting the
critical role of SM for the development of IR in many clinical
entities, the exact underlying mechanisms have not been

fully delineated and most commonly represent a complex
interaction between multiple extrinsic and intrinsic factors.

3.1. The Role of Adipokines in Skeletal Muscle IR. Most
commonly, IR in SM is considered to be the end result
of a complex interaction involving several different tissues.
AT can induce IR at the level of SM via secretion of
adipokines, inflammatory mediators, and growth factors.
Tumor necrosis factor α (TNF-α), adiponectin, and leptin
are the main adipokines that appear to be implicated in the
development of cross-communication between AT and SM.

TNF-α is the main autocrine/paracrine AT-derived fac-
tor, triggering the release of free fatty acids (FFAs) from
AT into bloodstream circulation. This is mainly dependent
on nuclear factor κB (NFκB) activation and is mediated
by the suppression of many genes responsible for glucose
and FFA uptake and utilization [12, 13]. TNF-α-mediated
FFA release impairs insulin-signaling in insulin responsive
peripheral tissues such as SM [10]. According to the lipid
supply hypothesis, the increased FFA availability provides
the predominant substrate for intermediate metabolism,
resulting in increased NADH/NAD+ and acetyl-CoA/CoA
ratios. Elevated FFA concentrations promote beta-oxidation,
which diminishes glucose uptake and oxidation. In parallel,
FFA clearance is decreased and their storage as triglyceride
droplets in SM is significantly enhanced [14].

In addition, adiponectin, a protective adipokine secreted
by adipocytes, plays a pivotal role for SM insulin sensitivity.
Adiponectin stimulates FFA catabolism, either directly or
indirectly through stimulation of PPAR-γ nuclear receptors,
and promotes a marked decrease of circulating FFA and glu-
cose levels [15]. Last but not least, leptin, a hormone secreted
predominantly by AT, acts both on hypothalamus and on
target tissues including SM and is significantly involved in
the regulatory mechanisms determining peripheral insulin
action and sensitivity [16].

3.2. Defects in Skeletal Muscle Glycogen Synthesis. The pri-
mary site of postabsorptive glucose disposal is SM and
the primary mechanism of glucose storage is through its
conversion to glycogen. In states of IR, a deficiency in the
nonoxidative glucose disposal has been primarily related
to a defect in glycogen synthesis. Freymond et al. studied
biopsies of vastus lateralis muscle, both before and during a
hyperinsulinemic-euglycemic clamp, and demonstrated that
human subjects with IR display decreased insulin-stimulated
glycogen synthase activity [17]. This defect at the level of
glycogen synthase activity and thus glycogen synthesis in
SM, provides a further pathogenetic mechanism, underlying
systemic and muscle IR.

3.3. Glucocorticoids and Muscle IR. Chronic glucocorticoid
excess, a typical biochemical feature of Cushing’s syndrome,
has been traditionally associated with IR in general. However,
recent experimental observations suggest that glucocor-
ticoids, as well as glucocorticoid receptor (GR) activity,
can have adverse effects on peripheral insulin sensitivity.
Reynolds et al., found increased GR mRNA levels and
increased expression of glucocorticoid receptors in SM of
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men with IR and hypertension, implicating the dysregulation
of glucocorticoid receptor expression and/or function as a
possible underlying pathogenetic mechanism for IR in SM
[18].

3.4. Skeletal Muscle Vascular Bed, Blood Flow, and Insulin
Action. Insulin-mediated increased blood flow seems to
be an important step for insulin delivery and glucose
metabolism in peripheral tissues, including SM [19]. This
theory was first introduced by Baron, et al. who showed
a remarkable correlation between insulin-mediated whole
body glucose uptake and leg blood flow over a broad
spectrum of insulin sensitivities in normal and IR states
[20]. These correlations were typically observed several hours
after the initiation of an insulin clamp, namely, under steady
state conditions [21, 22]. In addition, metacholine infusion
increased leg blood flow and glucose uptake, while these
were diminished after L-N-monomethyl arginine infusion
[23]. The above observations support the important role of
insulin-mediated blood flow for glucose uptake and insulin
action.

Insulin regulates blood flow in peripheral tissues through
a variety of mechanisms. Insulin induces dilatation of termi-
nal arterioles and provides a constant rate of vasodilatation
or vasoconstriction, in order to maximally extend the period
of peripheral tissue perfusion. In this way, insulin enhances
nutrient delivery and expands the surface area available
for exchange of insulin, glucose, and other nutrients in
peripheral tissues, including SM. Furthermore, after its
binding to the receptor, insulin seems to promote its own
translocation across the endothelial cell barrier [24]. Most
of the research work in this field has been conducted on
skin microvasculature [25], without, however, ensuring that
the insulin-mediated vascular responses observed in skin
reflect also those in SM. Although far more data need to be
obtained, it is currently proposed that various factors impair
the insulin-mediated vascular response and tissue delivery of
nutrients such as glucose and insulin, mediating the process
of IR in SM.

4. Muscle Insulin Resistance and
Endocrine Disease

Although generalized and muscle IR remains a hot topic
for the investigation of metabolic disease, it would be quite
interesting to expand this research to a number of common
and clinically relevant endocrine diseases, including PCOS,
adrenal dysfunction, and thyroid disorders.

4.1. PCOS and Muscle IR. PCOS is a common endocrine
disorder with a worldwide prevalence of 6%-7% among
premenopausal women [26]. However, despite its steadily
increasing prevalence, the fundamental underlying defect
remains still speculative and seems to be multifactorial
in origin. Beyond the reproductive abnormalities (chronic
anovulatory dysfunction, infertility), women with PCOS
display several metabolic abnormalities as well, including
disorders of glucose metabolism and insulin action, which

underlie the increased risk of developing impaired glucose
tolerance and type 2 diabetes [27].

Women with PCOS exhibit basal hyperinsulinemia,
decreased glucose-stimulated insulin release and IMGU, due
to reduced hepatic insulin clearance and pancreatic β-cell
dysfunction. In addition, they exhibit a generalized IR,
which mainly involves an impaired insulin responsiveness of
adipose tissue and SM [2, 28].

IR in PCOS is associated with a unique postbinding
defect in insulin receptor signaling due to a complex interac-
tion between intrinsic (genetically determined) and environ-
mental factors [29]. It is supported that the disrupted insulin
receptor tyrosine kinase activity in adipocytes and IRS-1-
associated PI3K activity in SM are the key elements in the
IR pathogenetic process [30]. In addition, extrinsic factors
including inflammatory mediators, adipokines, androgens,
free fatty acids (FFAs), amino acids, and increased glucose
levels have been all implicated in the pathogenesis of IR in
PCOS.

4.1.1. Adipokines, Inflammatory Mediators, FFAs, and Muscle
IR in PCOS. In vitro studies have shown that cultured
SM cells from women with PCOS display normal insulin
sensitivity, while SM cells from in vivo studies in PCOS
exhibit resistance to insulin, suggesting the important role
of extrinsic factors in producing muscle IR in PCOS
[28]. Among them, adipokines, TNF-α, FFAs, amino acids,
androgens, and increased glucose levels have been all
postulated to be involved in the pathogenesis of IR in
PCOS [31]. Increased TNF-α levels and elevated plasma
interleukin-6 (IL-6) concentrations have been consistently
reported in both obese and normal weight women with
PCOS, indicating the significant contribution of chronic
low-grade inflammation to IR [32, 33]. As far as leptin is
concerned, Pehlivanov and Mitkov reported higher serum
leptin in PCOS demonstrating a positive correlation with IR,
independently of markers of adiposity [34]. Data regarding
adiponectin and resistin levels are rather conflicting in
women with PCOS. These adipokines have been found either
increased or conversely decreased, depending on the obesity
status of the studied population [35, 36].

The existing data indicate that adipose tissue, which
is also an insulin resistant site in PCOS, and especially
when it is centrally accumulated, secretes increased levels
of adipokines, FFA, and inflammatory mediators (TNF-α,
IL-6), which in turn promote IR at the level of SM via a
vicious cycle. In particular, elevated FFA levels have been
consistently suggested in PCOS, especially when increased
visceral fat is also present. This was well described by Ek et
al. who reported an increased rate of visceral fat lipolysis in
PCOS, suggesting a genetically determined upregulation in
visceral fat lipolysis, associated with a selective increase in
the function of both protein kinase A (PKA) and hormone-
sensitive lipase (HSL) [37]. It is obvious that the increased
FFA influx has detrimental effects for insulin metabolic
signaling in SM [28, 37].

4.1.2. Androgens and Muscle IR. Multiple studies suggest the
association between androgen excess and IR in women with
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PCOS, but their cross-sectional nature does not allow safe
conclusions about causality [31].

On one hand, hyperandrogenemia in women with PCOS
appears to be an effect of the augmented steroidogen-
esis by hyperinsulinemia secondary to IR [38, 39]. On
the other hand, hyperandrogenemia induces generalized
and muscle IR, through either a direct effect of andro-
gens on insulin action in AT and SM, or indirectly by
affecting lipid metabolism and body fat distribution [31].
Hyperandrogenemia-induced IR is selective, affecting mainly
the metabolic but not the mitogenic actions of insulin,
since insulin-stimulated ovarian steroidogenesis is perfectly
maintained [40]. Androgen excess has been associated with
some of the typical insulin-signaling defects in PCOS [41].
Most of these effects have been mostly studied in female
rats, while there is a relative paucity of similar clinical
studies. Testosterone administration to female adult rats for
8–12 weeks caused hyperinsulinemia in both intact and
ovariectomized animals [42], while in the latter it induced
a 50% reduction in IMGU into SM. Impaired SM insulin
action was combined with fewer type 1 muscle fibers (slow
twitch, oxidative) and increased type 2 fibers (fast twitch,
insulin resistant). In the same study, a decreased SM capillary
density and an impaired muscle glycogen synthase activity
were also reported, contributing to the observed IR of SM
[43]. It seems that postinsulin receptor signaling events
are involved in testosterone-induced IR in SM in this rat
model. In support of this, experimental data in primary
differentiated rat myotubes have demonstrated a synergistic
interaction between testosterone and insulin in phosphory-
lation of intracellular signaling proteins (phosphorylation of
IRS-1 at serine residues), resulting in a dissociation of insulin
receptor from the PI3K signaling cascade and an impaired
insulin metabolic signaling [44].

Summarizing the existing data, androgens promote IR
at the tissue level of SM by reducing capillary network
formation for adequate delivery of insulin to SM, switching
muscle fiber isoforms, reducing glycogen synthase activity
and impairing insulin-mediated GLUT4 plasma membrane
translocation [44].

However, the finding of hyperinsulinemia in PCOS
patients raises the questions what the cause is and what the
effect is. Most of the existing clinical data suggest, without
providing definitive confirmation, that hyperinsulinemia
causes hyperandrogenism, more than the other way around
[45].

4.1.3. Molecular Defects and Muscle IR in PCOS

(a) In Vitro and In Vivo Studies. Current evidence suggests
that excessive serine phosphorylation of the insulin receptor
or downstream signaling molecules plays a pivotal role for
the pathogenesis of muscle IR in PCOS [46]. In vitro studies
in cultured SM cells from obese and nonobese patients
with PCOS reported an abnormal phosphorylation pattern,
consisting in decreased tyrosine autophosphorylation of
the insulin receptor and increased serine phosphorylation,
similarly to the phosphorylation abnormalities observed in
PCOS cultured skin fibroblasts [46].

Corbould et al. who studied cultured SM cells of
obese nondiabetic women with PCOS and of age- and
BMI-matched control women, did not observe a decrease
in IMGU and basal autophosphorylation in vitro, while
insulin-stimulated tyrosine phosphorylation of the insulin
receptor was found to be normal [29]. Moreover, the
protein expression of insulin receptor β-subunit, IRS-2,
PI3K, and GLUT4 was similar to that of controls. How-
ever, a number of molecular signaling abnormalities were
documented including a 35% increased expression and a
two-fold increased constitutive phosphorylation of IRS-1 at
serine 312, decreased IRS-1-associated PI3K activity after
adjusting for the increased expression of IRS-1, decreased
baseline IRS-2-associated PI3K activity, a tendency for
decreased insulin-stimulated IRS-2-associated PI3K activity,
and higher GLUT1 expression, being positively correlated
with increased basal glucose uptake in PCOS SM [29]. The
apparently normal insulin response of PCOS SM in terms of
glucose uptake is possibly attributed to the increased IRS-1
and GLUT1 expression. Furthermore, the fact that IMGU
is maintained in vitro but significantly impaired in vivo
indicates that IR is not an intrinsic feature in PCOS SM
but is greatly influenced by adverse in vivo environmental
conditions.

A putative serine kinase, extrinsic to the insulin receptor,
has been implicated in the abnormal pattern of phospho-
rylation in PCOS but has not been identified yet. Although
there are at least 50 known potential serine/threonine
phosphorylation sites on IRS-1, phosphorylation at both
serine 312 and serine 636/639 has been frequently reported
in several studies associating IRS-1 serine phosphorylation
with IR [47].

The defective activation of aPKC (atypical protein kinase
C), a downstream effector of PI3K, in SM of PCOS obese
patients has been also involved in the pathogenesis of muscle
IR in this syndrome. In humans, marked defects in aPKC
activation in SM have been reported in T2DM, obesity,
obesity-associated PCOS, and impaired glucose tolerance
[48]. These defects in aPKC activation in SM are due to
both impaired activation of IRS-1-dependent PI3K and
diminished responsiveness of aPKCs to a lipid product of
PI3K, called PI-3,4,5-(PO4)3 or PIP3. Although it is still
uncertain which underlying defect comes first, the resultant
defect in aPKC activation in SM contributes significantly to
the development of muscle IR [48].

Despite the well established identification of several
molecular abnormalities in PCOS, it remained initially
unclear whether the observed defects in insulin-signaling are
actually intrinsic, genetically determined to SM, or rather
acquired secondary to exposure to in vivo environmen-
tal factors such as hyperinsulinemia, hyperandrogenemia,
increased circulating FFAs, or sustained hyperglycemia.
According to Corbould et al. muscle IR is not an intrinsic
feature in PCOS but appears rather to be significantly
influenced by endogenous environmental factors [29].

Indeed, exposure to a number of molecules, including
FFA, TNF-α, glucose, amino acids, diacylglycerol (DAG), and
fatty acyl-CoA, increases serine phosphorylation of IRS-1
and results in impaired insulin-signaling. These molecules
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are thought to act on IRS-1 through a variety of ser-
ine/threonine kinases including mTOR (mammalian target
of rapamycin) and S6K. More specifically, FFA reduce IRS-
1-associated PI3K activity, impair Akt/PKB phosphoryla-
tion, and activate PKCθ (protein kinase C theta), a serine
kinase that increases serine phosphorylation of IRS-1 [28].
Concerning diacylglycerol, a potent activator of PKC, it is
thought to be an additional important lipid mediator of
muscle IR [49]. High insulin levels can also stimulate IRS-
1 serine phosphorylation in human myoblasts, indicating
that insulin can modulate its own signaling pathway [44].
Androgen excess induces muscle IR in PCOS by affecting,
most possibly, postinsulin receptor signaling events. Recent
in vitro data, in primary differentiated rat myotubes, have
demonstrated a synergistic interaction between testosterone
and insulin in phosphorylation of intracellular signaling
proteins (phosphorylation of IRS-1 at serine residues) and
a consequent dissociation of the insulin receptor from
the PI3K signaling cascade, resulting in impaired insulin
metabolic signaling [44].

(b) Human Studies. In vivo studies of PCOS patients, where
serial SM biopsies were performed during hyperinsulinemic-
euglycemic clamps, have revealed a significant impairment in
IMGU, an increased expression of IRS-2, and normal expres-
sion of insulin receptor, IRS-1, and PI3K. These data suggest
that the increased expression of IRS-2 might represent a
compensatory adaptation for the decreased insulin-mediated
IRS-1-associated PI3K activity, which is not, however, com-
pletely effective, since IMGU was not restored to normal
[50]. Most recently, Hojlund et al. reported small reductions
in insulin-stimulated phosphorylation of Akt (PKB) and
AS160 (Akt substrate of 160 kDa) in intact muscle of women
with PCOS, which was partially reversed by treatment with
insulin-sensitizing agents such as pioglitazone [51].

Recently, another candidate pathogenetic mechanism for
muscle IR in women with PCOS has been proposed, consist-
ing in a defective insulin regulation of ERK 1/2 (extracellular
signal-regulated kinases 1/2). Rajkhowa et al. compared
the relative contribution of two distinct insulin-signaling
pathways to muscle IR in nine women, diagnosed with
PCOS. The study involved the Ras-ERK and the IRS-PKB
pathways, mediating the mitogenic and metabolic effects of
insulin, respectively, and found no significant difference in
the expression, basal activity, or insulin activation of IRS-1
and PKB between PCOS subjects and controls [52]. However,
there was a severe attenuation of insulin stimulation of
the ERK pathway and an accompanying trend for higher
basal phosphorylation of ERK 1/2 in SM biopsies obtained
from nearly all women with PCOS [52]. Interestingly, the
investigators observed a reduced ERK activity after acute in
vivo exposure of SM to insulin, in almost all PCOS subjects
of the study, contrasting with the physiologically expected
increase in mitogenic ERK activity, in response to insulin
stimulation. These results suggest that ERK activation might
influence regulation of glucose uptake in SM and might be
involved in muscle IR in women with PCOS [52].

Based on the few existing human in vivo studies, it
seems that in PCOS there is a severe functional defect in

the insulin-signaling cascade within SM, consisting in an
abnormal phosphorylation pattern of the insulin receptor or
downstream key signaling proteins.

4.1.4. Transcriptional Defects Involved in Muscle IR in PCOS.
It has been recently demonstrated that PCOS is associated
with impaired mitochondrial structural integrity and oxida-
tive metabolism. Skov et al. studying insulin resistant women
with PCOS, demonstrated a significant downregulation
of the expression of nuclear-encoded genes representing
mitochondrial oxidative phosphorylation, ribosomal pro-
teins, mRNA processing reactome, translation factors, and
proteasome degradation (OXPHOS), compared to control
women. This effect was mainly mediated by a decrease
in PGC-1a expression (PPAR-γ coactivator-1a) and was
partially restored after treatment with pioglitazone [53].
Thus, the insulin-sensitizing effects of pioglitazone may
include reversal of preexisting abnormalities in ribosomal
protein biosynthesis and mitochondrial biogenesis in women
with PCOS [54].

Calcium transporter activity was also significantly down-
regulated in PCOS patients. Increasing evidence sup-
ports a modulating role for calcium influx, calmodulin
and Ca+2/calmodulin-dependent protein kinase (CaMK) in
IMGU in SM [55]. An increase in cytosolic calcium and
activation of CaMK induce mitochondrial biogenesis and
GLUT4 expression via activation of different transcription
factors, including NRF-1 and -2 (nuclear respiratory factor)
and the coactivator PGC-1a [56]. Any potential dysreg-
ulation of calcium homeostasis could, therefore, have a
pronounced disturbing effect on IMGU and mitochondrial
functional capacity [57].

Future studies, unraveling the exact molecular mecha-
nisms of IR in general or in SM in particular in PCOS,
may help develop effective gene-based strategies in order to
prevent the increased risk of early onset type 2 diabetes in
women suffering from this condition.

4.2. Adrenal Disorders and Muscle IR. Adrenal disorders
characterized by increased secretion of adrenocortical or
adrenomedullary hormones such as hyperaldosteronism,
Cushing’s syndrome, hyperandrogenism, and pheochro-
mocytoma have been associated with various metabolic
disorders, including impaired glucose tolerance, IR, and
overt diabetes [58]. These abnormalities constitute the end
result of the adverse effects of adrenal hormones on various
components of insulin action and glucose metabolism.

Adrenal hormone excess is associated with decreased
insulin secretion by the pancreatic β cell or disrupted insulin
action in peripheral tissues. SM has been recently recognized
as an important insulin-target site with a major role in the
pathogenesis of the glucometabolic abnormalities associated
with hypersecreting adrenal disorders [59].

4.2.1. Aldosterone Excess and Muscle IR. Aldosterone is
the final mediator of the renin-angiotensin-aldosterone
system (RAS), which mediates blood pressure control and
electrolytic balance in the kidney. However, a significant
body of evidence indicates that aldosterone—in concert



6 Journal of Biomedicine and Biotechnology

with other independently acting mediators of RAS axis
(renin and angiotensin)—impairs insulin secretion and
metabolic signaling, resulting in impaired glucose tolerance
and overt diabetes. Focusing on aldosterone, which can be
significantly elevated in some patients with hypersecreting
adrenal lesions, it promotes IR, inflammation, fibrosis,
oxidative stress, and sodium retention, with detrimental
cardiometabolic effects [60]. Recent literature data sup-
port that most of the adverse metabolic changes observed
in primary hyperaldosteronism can be totally reversed
after the surgical removal of the adrenal tumors or
treatment with mineralocorticoid receptor blocking agents
[61].

Mounting evidence supports that aldosterone exerts its
diabetogenic actions by a direct effect on insulin recep-
tor function and metabolic signaling cascade in several
peripheral tissues, including cardiovascular and renal tissue,
fat, liver and SM [60]. In addition, hypokalemia, as a
result of aldosterone excess, can also impair both pancreatic
insulin secretion and peripheral insulin action, providing
an alternative explanation for the observed abnormalities in
primary hyperaldosteronism [62].

However, the underlying molecular and cellular mech-
anisms linking aldosterone excess with changes in the glu-
cose and insulin metabolism remain still elusive, especially
regarding the contribution of SM.

In addition to its classic effects, aldosterone induces rapid
(nongenomic) adverse responses in both vascular smooth
muscle cells and SM. This effect is mediated by NADPH
oxidase (nicotinamide adenine dinucleotide phosphate),
which generates excess reactive oxygen species (ROS), redox
imbalance, and oxidative stress [63]. Oxidative stress acti-
vates redox-sensitive serine kinases in these tissues, includ-
ing PKC (protein kinase C), MAPKs (mitogen-activated
protein kinases), c-Jun NH2-terminal kinase, extracellular
signal-regulated kinases 1 and 2 (ERK 1/2), and p-kinase.
The activation of these kinases leads to increased serine
phosphorylation of IRS-1, which impairs normal binding
with PI3K and results in decreased activation of PKB (Akt)
and adverse downstream metabolic effects such as impaired
glucose transport in many tissues, including SM [64]. This
effect is further substantiated by the significant improvement
in systemic insulin sensitivity, insulin-signalling, and glucose
uptake by SM, after treatment with mineralocorticoid recep-
tor blocking agents in experimental animal models of RAS
hyperactivation and IR [65]. The improvement in insulin
sensitivity was closely associated with decreased NADPH oxi-
dase activity in SM, suppressed levels of ROS, and improved
mitochondrial structure and function. In addition, in rat
vascular smooth muscle cells, aldosterone downregulated
IRS-1 expression via stimulating the production of ROS, an
effect which was markedly attenuated by treatment with the
selective mineralocorticoid receptor antagonist eplerenone
[66].

4.2.2. Glucocorticoid Excess and Muscle IR. Chronic exposure
to glucocorticoid excess, a typical feature of Cushing’s
syndrome, is associated with various metabolic disorders,
including glucose intolerance, IR, or overt diabetes [67].

Glucocorticoids (GCs) interfere with several steps of glu-
cose metabolism and insulin-signaling cascade, resulting in
reduced IMGU and IR in most peripheral tissues, including
SM. GCs may induce IR, either directly by interfering with
the insulin receptor cascade in SM, or indirectly through
GC-induced changes in protein and lipid metabolism
[67].

Since studies into the effects of GCs on the expression
of insulin receptor in SM have yielded contradictory results,
the markedly reduced IMGU under conditions of GC excess
has been proposed as a postreceptor defect. In vitro studies
using isolated SM cells treated with dexamethasone showed
a decreased expression and phosphorylation of IRS-1, PI3K,
and PKB/Akt as well as reduced GLUT4 migration to
the cell surface [68, 69]. In addition to reducing glucose
uptake, GCs have also been shown to decrease glycogen
synthesis rate in Wistar rats by reducing PKB/Akt and
GSK-3 (glycogen synthase kinase-3) phosphorylation [70].
Beyond experimental results, there are limited available data
concerning the exact molecular effects of GCs on insulin-
signaling in humans. As early as in 1988, Rebuffé-Scrive, was
the first investigator who studied in detail the morphology
and metabolism of SM in female patients with Cushing’s
syndrome [71]. In his study, leg muscle tissue of women
with Cushing’s syndrome was found to contain a relatively
low proportion of type I fibers (insulin sensitive) and a high
proportion of type IIb fibers (insulin resistant), a similar
pattern of muscle fiber composition to that observed in
android obesity. He also found a significantly low glycogen
synthase activity in the lateral vastus muscle of the same
women. This is the first study suggesting an abnormal muscle
fiber composition (relative shift from type I to type IIb fibers)
in a common clinical condition of chronic endogenous
corticosteroid excess. In addition, healthy volunteers treated
with dexamethasone for 5 days and patients exposed to long-
term high-dose GCs after renal transplantation, displayed
reduced glycogen synthesis rates with concomitant decreased
concentration and activity of glycogen synthase in SM
biopsies [72].

Some data support an indirect effect of GS on SM
insulin-signaling, which is mediated through enhanced
proteolysis, and thus increased circulating amino acid levels.
Elevated circulating amino acids seem to inhibit insulin-
stimulated IRS tyrosine phosphorylation and activation of
PI3K in vitro [73]. In addition, they reduce IMGU and
glycogen synthesis in humans [74].

Another indirect negative effect of GCs on SM insulin
sensitivity appears to be mediated through the GC-induced
dyslipidemia. GCs promote whole body lipolysis, resulting
in increased plasma levels of FFAs, which enhance in turn
the accumulation of intramyocellular lipids (IMCLs), such
as fatty acyl CoA, diacylglycerol, and ceramide, affecting
negatively glucose uptake and disposal [75]. It was originally
proposed by Randle in 1963 that intracellular lipids decrease
insulin-mediated glucose uptake by competing with glucose
for oxidation [76]. However, more recent studies have
demonstrated that IMCLs reduce IMGU by interfering
directly with insulin-signaling. Intracellular lipids may acti-
vate various serine kinases, such as c-Jun aminoterminal
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kinase (JNK) and IKB kinase-β (IKK-β), which phospho-
rylate serine sites on IRS-1, resulting in suppressed insulin-
signaling [75].

In summary, GCs reduce insulin sensitivity and con-
sequently IMGU in SM, not only by directly perturbing
insulin-signaling and glycogen synthesis, but also secondarily
to unfavorable changes in protein and lipid metabolism,
which further affect negatively the insulin-signaling cascade,
in peripheral tissues, including SM.

4.2.3. Adrenal Androgens and Muscle IR. The exact relation-
ship between increased adrenal androgens and IR remains
to be elucidated. It has been shown that experimentally
induced hyperinsulinemia elicited an acute decline in dehy-
droepiandrosterone (DHEA) and dehydroepiandrosterone
sulfate (DHEA-S). However, the regulatory role of insulin
on adrenal androgen production and metabolism in normal
physiology or disease remains still speculative [58]. In several
animal models, DHEA appears to exert potent antiobesity
and antidiabetogenic actions, but such effects have not been
persuasively demonstrated in humans [58]. Human studies
on DHEA are limited, and more research needs to be
conducted in order to determine whether the experimental
observations made in animal models can be also extrapolated
to man. Recent experimental evidence indicates that DHEA
may act at multiple steps in the regulation of glucose
metabolism in the liver, suppressing the activity of hepatic
gluconeogenic enzymes [77]. However, there are no data
concerning the relationship of increased adrenal androgen
production and peripheral insulin action, especially at the
level of SM.

4.2.4. Catecholamine Excess and Muscle IR. Pheochromocy-
toma, typically characterized by endogenous catecholamine
excess, is associated with several glucometabolic abnor-
malities, ranging from impaired glucose tolerance (25%–
75%) to overt diabetes [78]. The main underlying patho-
genetic mechanism for pheochromocytoma-associated glu-
cose dysmetabolism is the catecholamine-induced decreased
insulin secretion through a2 adrenoreceptors, while the
effects of catecholamines on peripheral glucose uptake seem
to be less important [79]. However, in animal studies,
epinephrine has been shown to induce IR in rat muscle
[80]. Furthermore, Raz et al. [81] studied the effect of
epinephrine in eight healthy patients and detected an inhi-
bition of insulin-mediated glycogenesis because of an inac-
tivation of glycogen synthase, suggesting that epinephrine
inhibits insulin-mediated glucose utilization at the major
site of IR namely, skeletal muscle. An additional study by
Laakso et al. showed that epinephrine impairs the ability
of insulin to increase SM glucose extraction in humans
[82].

In summary, excessive catecholamines in patients with
pheochromocytoma can induce or aggravate IR in periph-
eral tissues including SM, while the surgical treatment of
pheochromocytoma can reverse the hyperinsulinemia and
cardiometabolic abnormalities observed in these patients
[79].

4.2.5. Adrenal Incidentalomas and IR. Adrenal incidentalo-
mas (AIs) are defined as randomly discovered adrenal
masses, which are diagnosed by abdominal ultrasound
or computed tomography scan, performed for unrelated
causes. Recent literature suggests that 10%–20% of solid AIs
demonstrate a subclinical hormonal dysfunction, which may
place patients at a higher risk for metabolic derangements
such as IR [83]. Subclinical hypercortisolism is the most
common abnormality detected in patients with AIs, with
an average incidence of 9% [84]. Patients with AIs have a
higher prevalence of diabetes or glucose intolerance (20%–
75%), compared with the general population [85]. AIs are
considered to be both a cause and an effect of hyperinsuline-
mia. The alternative hypothesis that AIs are actually caused
by hyperinsulinemia has been formulated by Reincke et al.
[86], who studied 13 patients with AIs and found that they
were all insulin resistant. He also observed a proliferative
effect of insulin on adrenal cell lines in vitro, indicating
that insulin can stimulate adrenocortical tumor formation.
The proposed theory was that AIs can be perceived as the
clinical result of sustained hyperinsulinemia, just as PCOS
is regarded as the result of insulin-mediated stimulation of
ovary growth [86].

In a study from Japan, all 12 patients with AIs exhibited
IR, based on the steady state of plasma glucose [87]. After
surgical removal of the tumors, steady state of plasma glucose
was significantly decreased, compared to pre-adrenalectomy
values. A further study by Ivovic et al. assessed insulin
sensitivity in 22 patients with AIs and concluded that patients
with AIs manifested lower insulin sensitivity than healthy
controls [88].

Trying to provide an explanation for the increased risk of
developing IR in patients with nonfunctioning AIs (NFAIs),
Ermetici et al. have recently formulated the hypothesis
of adipokine involvement [89]. Plasma IL-6, adiponectin,
resistin, TNF-a, and monocyte chemoattractant protein 1
(MCP-1) levels were all found to be significantly higher in
patients with NFAIs compared to controls. The pathogenetic
role of proinflammatory cytokines in patients with AIs merits
definitely further investigation.

In a recent study by our research team [90], in 29 patients
with NFAIs, we demonstrated significant hepatic and periph-
eral IR, documented by both higher fasting glucose and
insulin levels and abnormal glucose tolerance data, as well as
an increased prevalence of several components of metabolic
syndrome, such as hypertension, dyslipidemia, fatty liver
disease, and central obesity. It is, therefore, useful to evaluate
routinely IR in patients with AIs, since results can be quite
helpful in clinical decision making [87].

4.3. Thyroid Disorders and Muscle IR. Thyroid hormones
(THs) constitute important mediators of body metabolism
and affect various metabolic aspects involving glucose and
insulin metabolism, through a variety of mechanisms. Data
from animal studies have shown that THs play a key role
in the regulation and activation of insulin receptor and
glucose transporter proteins, in signaling pathways and in
the expression of different isoforms of SM myosin heavy
chains [91]. In addition, THs regulate the differentiation,
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growth, and metabolism of virtually every cell in the human
body. In SM, triiodothyronine (T3) regulates muscle fiber
type and mitochondrial content through a genomic action,
consisting in a direct modulation of gene transcription
by ligand-dependent activation of TH receptors (TRs) and
specific TH response elements (TREs). Other TH effects,
such as modulation of ion channel activity, intracellular
Ca2+ mobilization, phospholipase, and kinase activation,
have been attributed to nongenomic actions of TH. This
mode of action explained the TH-induced activation of
a signaling cascade involving phospholipase C activation,
inositol triphosphate (IP3) accumulation, intracellular Ca2+

mobilization and phosphorylation of PKC and ERK 1/2,
resulting ultimately in activation of plasma membrane
Na+/H+ exchangers and increased intracellular pH in rat
SM cells [92]. Furthermore, with the same mode of action,
T3 induces a rapid phosphorylation of both p38 and
AMPK (AMP-dependent kinase) in SM fibers and stimulates
mitochondrial biogenesis [93].

4.3.1. Hypothyroidism and Muscle IR. Hypothyroidism (HP)
has been associated with disorders of glucose and insulin
metabolism, involving defective insulin secretion in response
to glucose, hyperinsulinemia, altered peripheral glucose
disposal, and IR.

According to in vivo data, HP is associated with a
decreased glucose-induced insulin secretion by the β cells
due to changes in the physicochemical properties of the islet
membranes and decreased amount of islets [94].

In addition, it is suggested that HP is an insulin resistant
state. Interestingly, even subtle decreases in the levels of
TH within the normal range have been shown to correlate
inversely with markers of IR [95]. In vivo data, emerging
from studies in propylthiouracil-induced hypothyroid ani-
mals during euglycemic-hyperinsulinemic clamps, showed
an association of HP with an adipokine-mediated IR [96].
Mitrou et al. showed that euglycemic patients with clinical
and subclinical HP were insulin resistant. In a recent study,
the same authors supported the important role of adipokines
in IR, showing a meal-induced IL-6 increase, primarily
involved in the observed IR, and a concomitant increase of
TNF-α, which seems to be the result rather the cause in this
process [4].

The mechanisms linking HP with IR in general and
in SM in particular are still under investigation. IR in HP
is associated with a negative regulation of one or more
intracellular enzymes involved in glucose catabolism [97].
An impaired translocation of GLUT4 transporters on the
plasma membrane has been also observed in the monocytes
of subjects with clinical and subclinical HP, in relation
to a decreased IMGU [98]. Dimitriadis et al. documented
a decreased glycogen synthesis rate at supraphysiological
insulin concentrations in SM of hypothyroid rats, as well as
a decreased rate of glucose oxidation at all insulin concen-
trations [99, 100]. An effect of TH on insulin receptors has
been suggested, but the existing data are rather conflicting,
supporting either no relationship between thyroid status
and the affinity of insulin receptors or diminished high
affinity insulin receptors (HAIRs) in HP [101]. The effect

of TH on insulin action in peripheral tissues such as SM
has not been studied systematically in vivo. Dimitriadis et
al. demonstrated a meal-induced increase in plasma insulin
levels in subjects with HP and an unchanged rate of glucose
uptake in the forearm muscles and AT, indicating that IR
is possibly the result of diminished blood flow in AT and
SM [96]. In support of this, Rochon et al. showed decreased
forearm and AT blood flow and glucose disposal rates
in patients with HP, during euglycemic-hyperinsulinemic
clamps [102].

It is obvious that, although HP constitutes an insulin
resistant state, more studies need to be done in order to
clarify the underlying pathogenetic mechanisms. However,
it has to be mentioned that IR appears to be similar in
patients with overt clinical and subclinical HP [103, 104],
while treatment with thyroxine does not restore IMGU in
the forearm of patients with HP, suggesting that TH per se
may not be entirely responsible for this manifestation, which
seems to be a more complex interaction between tissues and
molecules.

4.3.2. Hyperthyroidism and Muscle IR. Hyperthyroidism
(HPR) is also associated with metabolic abnormalities,
including disorders of the glucose and insulin metabolism
[105].

Insulin secretory capacity seems to be disrupted in HPR,
but the existing data are rather heterogeneous, suggesting
increased, normal, or decreased insulin secretion. This
estimation has been based on the measurement of circulating
C-peptide levels. However, when individually derived C-
peptide kinetic parameters were measured, the insulin secre-
tory rate was significantly increased, possibly reflecting an
increased response of β cell to glucose, under increased TH
levels. The limitation of these studies is the use of C-peptide
as a marker of insulin secretion, which is biased, given its
rapid clearance from the circulation in HPR [106]. However,
an increase in the β-cell mass in HPR has been also reported
[107]. In addition, Liggett et al. [108] showed an increased
insulin secretory response to epinephrine (increased plasma
C-peptide) after T3 administration, indicating an increased
insulin secretory rate in HPR [108].

HPR has been also associated with hyperinsulinemia,
which is considered to be compensatory for the increased
insulin clearance [103, 104]. Insulin action and IMGU in
HPR are ill defined, either in general, or in SM in particular.
In vitro and in vivo studies of IMGU using euglycemic
hyperinsulinemic clamps showed either normal or increased
IMGU [109–111]. However, IR has been documented in
HPR, especially in the liver, since there is still uncertainty
concerning the involvement of other peripheral tissues,
including SM. Dimitriadis et al. documented IR at the fasting
state in AT in HPR, which was suppressed postprandially,
stimulating the glucose uptake in SM [112]. The same
authors documented a postmeal induced hyperinsulinemia
in subjects with HPR, as well as IR at the level of SM [113].

However, there are only few data regarding the under-
lying pathogenetic mechanisms of IR in HPR. The existing
data regarding the number of high and low affinity insulin
receptors are conflicting, suggesting either an increased or
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unaltered expression in HPR [114]. A decreased insulin
stimulated glycogen synthesis has been also reported in SM
from hyperthyroid subjects, indicating IR at the level of
SM [103, 104]. Dimitriadis et al. documented a markedly
decreased rate of IMGU in SM, which was compensated
by an increase in blood flow, due to changes either in
cardiac or in vascular function [113]. The same authors
have demonstrated an IGF-1-induced increase in GLUT3
and GLUT4 translocation on the monocyte surface in HPR
subjects [99].

A decreased insulin-mediated stimulation of major
intracellular pathways of glucose metabolism has been also
reported [99, 103, 109]. HPR has been associated with an
increased activity and density of β-adrenergic receptor in SM
[108, 115], as well as a decreased muscle oxidative capacity
[116].

HPR is generally thought to be an insulin-resistant
state, but further studies are definitely needed in order to
prove this association and reveal the underlying pathogenetic
mechanisms. It has been generally suggested that THs are not
the only factors involved in the initiation of the IR cascade,
but they most commonly interact with various tissues and
molecules, in order to regulate glucose metabolism and
insulin action.

5. Summary and Conclusions

SM constitutes an insulin-responsive peripheral tissue with a
major role in maintaining systemic glucose metabolism. In a
general overview of insulin-resistant states, including PCOS
as well as adrenal and thyroid disorders, IR in SM appears to
be a clinically important manifestation. Specific alterations at
the insulin receptor level or the signal transduction pathway
have been suggested as the main underlying pathogenetic
mechanisms which lead to impaired IMGU and defective
glycogen synthesis.

In PCOS, muscle IR has been associated with abnormal
phosphorylation of insulin-signaling proteins, altered muscle
fiber composition, reduced transcapillary insulin delivery,
decreased glycogen synthesis, and impaired mitochondrial
oxidative metabolism.

The metabolic abnormalities associated with hyper-
secreting adrenal disorders constitute the end result of the
adverse effects of adrenal hormones on various components
of insulin action and glucose metabolism. Aldosterone is
associated with IR in SM either directly through its effects
on the insulin receptor function and metabolic signaling
cascade, or indirectly through oxidative stress induction. GCs
reduce IMGU in SM, either directly by perturbing insulin-
signaling and glycogen synthesis, or indirectly through
unfavorable changes in protein and lipid metabolism. Cat-
echolamine excess can induce or aggravate IR in SM.
Furthermore, AIs—including NFAIs—are characterized by
an increased prevalence of generalized and muscle IR,
possibly due to the subclinical proinflammatory milieu and
the biochemically silent endocrine abnormalities.

Thyroid disorders, including both hypo- and hyper-
thyroidism, have been associated with IR in SM and
altered peripheral glucose disposal, due to impaired GLUT4

translocation, decreased glycogen synthesis, downregulated
intracellular glucose catabolism, altered blood flow, and
decreased muscle oxidative capacity.

Based on the data presented herein, it is strongly empha-
sized that all patients with common endocrine disorders
such as PCOS as well as adrenal and thyroid disorders,
should undergo a thorough metabolic evaluation, since IR—
particularly at the level of SM—appears to be a prominent
feature in these states. Far more clinical and experimental
studies are required in order to fully clarify the underlying
pathophysiology of the clinically meaningful relationship
between endocrine disease and impaired SM insulin sensi-
tivity.

List of Important Abbreviations

PCOS: Polycystic Ovary Syndrome
IR: Insulin Resistance
HP: Hypothyroidism
HPR: Hyperthyroidism
AIs: Adrenal Incidentalomas
NFAIs: Nonfunctioning Adrenal Incidentalomas
SM: Skeletal Muscle
AT: Adipose Tissue
IMGU: Insulin-mediated glucose uptake
GLUT4: Glucose Transporter 4
IRS-1: Insulin receptor substrate-1
PI3K: Phosphatidylinositol 3-kinase
Akt/PKB: Akt/Protein kinase B
aPKC: Atypical protein kinase C
GSK-3: Glycogen synthase kinase-3
ERK 1/2: Extracellular signal-regulated kinases 1/2
AS160: Akt substrate of 160 kDa
mTOR: mammalian Target Of Rapamycin
MAPKs: Mitogen-activated Protein Kinases
IP3: Inositol Triphosphate
AMPK: AMP-dependent kinase
PKA: Protein kinase A
HSL: Hormone-Sensitive Lipase
TNF-a: Tumor necrosis factor-a
FFA: Free Fatty Acid
Il-6: Interleukin-6
NFκB: Nuclear Factor κB
PPAR-γ: Peroxisome-Proliferator Activated Receptor-γ
PGC-1a: PPAR-γ coactivator 1a
eNOS: Endothelial Nitric Oxide Synthase
NADPH: Nicotinamide Adenine Dinucleotide Phosphate
ROS: Reactive Oxygen Species
RAS: Renin-angiotensin-aldosterone system
OXPHOS: Oxidative Phosphorylation
GCs: Glucocorticoids
GRs: Glucocorticoid Receptors
THs: Thyroid Hormones
TRs: Thyroid hormone Receptors
TREs: Thyroid hormone response elements
DHEA: Dehydroepiandrosterone
IMCLs: Intramyocellular Lipids
HAIRs: High-Affinity Insulin Receptors.
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Drezgić, “Insulin sensitivity in patients with adrenal inciden-
taloma,” Srpski Arhiv za Celokupno Lekarstvo, vol. 134, no. 7-
8, pp. 315–319, 2006.

[89] F. Ermetici, A. E. Malavazos, S. Corbetta, et al., “Adipokine
levels and cardiovascular risk in patients with adrenal
incidentaloma,” Metabolism, vol. 56, no. 5, pp. 686–692,
2007.



Journal of Biomedicine and Biotechnology 13

[90] M. Peppa, E. Boutati, C. Koliaki, et al., “Insulin resistance and
metabolic syndrome in patients with nonfunctioning adrenal
incidentalomas: a cause-effect relationship?” Metabolism.
(2010) In press.
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Insulin resistance in skeletal muscle is manifested by decreased insulin-stimulated glucose uptake and results from impaired
insulin signaling and multiple post-receptor intracellular defects including impaired glucose transport, glucose phosphorylation,
and reduced glucose oxidation and glycogen synthesis. Insulin resistance is a core defect in type 2 diabetes, it is also associated
with obesity and the metabolic syndrome. Dysregulation of fatty acid metabolism plays a pivotal role in the pathogenesis of
insulin resistance in skeletal muscle. Recent studies have reported a mitochondrial defect in oxidative phosphorylation in skeletal
muscle in variety of insulin resistant states. In this review, we summarize the cellular and molecular defects that contribute to the
development of insulin resistance in skeletal muscle.

1. Introduction

Skeletal muscle is the major site for disposal of ingested
glucose in lean healthy normal glucose tolerance (NGT)
individuals [1–4]. Following a meal, approximately one
third of ingested glucose is taken up by the liver and
the rest by peripheral tissues, primarily skeletal muscle via
an insulin dependent mechanism [1–4]. The postprandial
hyperglycemia stimulates insulin secretion from the pancreas
and the rise in plasma insulin concentration stimulates
glucose uptake in skeletal muscle leading to the disposal of
ingested glucose [1–4].

In insulin resistance states, such as T2DM and obesity,
insulin-stimulated glucose disposal in skeletal muscle is
markedly impaired [1–6]. The decreased insulin-stimulated
glucose uptake is due to impaired insulin signaling and mul-
tiple postreceptor intracellular defects including impaired
glucose transport and glucose phosphorylation, and reduced
glucose oxidation and glycogen synthesis [7–10] (Table 1).
Although the exact mechanism that leads to the development
of insulin resistance in skeletal muscle is not yet fully
understood, an increased intramyocellar fat content and fatty
acid metabolites have been shown to play a pivotal role
in the development of insulin resistance in skeletal muscle
[11–15]. The recent studies have reported the existence of a
defect in mitochondrial oxidative phosphorylation in skeletal

muscle in insulin resistance states [16–20] and suggest
that this mitochondrial defect contributes to the increased
intramyocellar fat content. In this paper we will summarize
the evidence that supports the existence of insulin resistance
in skeletal muscle, the cellular mechanism(s) that lead
to the development of insulin resistance, and the clinical
consequences of insulin resistance in skeletal muscle.

2. Normal Skeletal Muscle Metabolism

Skeletal muscle utilizes both glucose and free fatty acid
(FFA) as fuel sources for energy production. During the
postabsorptive state, the plasma insulin concentration is low.
Since the plasma insulin concentration is the principal factor
that restrains lipolysis in adipocytes [21] and stimulates
glucose uptake in skeletal muscle [21], during the fasting
state, muscle glucose uptake is low and the plasma FFA
concentration is elevated. Thus, under fasting conditions,
FFA serves as the principal fuel source for energy production
in skeletal muscle, while the brain exclusively utilizes glucose.

Following glucose ingestion, the increase in plasma glu-
cose concentration stimulates insulin secretion from the beta
cell and the resultant hyperinsulinemia suppresses lipolysis,
leading to decline in plasma FFA concentration and subse-
quent decrease in the rate of lipid oxidation. Simultaneously,
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Table 1: Defects in Glucose Metabolism in Insulin Resistant
Conditions.

Insulin signaling

(1) Reduced insulin receptor
tyrosine phosphorylation

(2) Decreased IRS-1 tyrosine
phosphorylation

(3) Decreased PI3-kinase
activation

Glucose transport
(1) Impaired GLUT4
translocation

(2) Impaired GLUT 12
translocation

Glucose metabolism

(1) Decreased glucose
phosphorylation

(2) Decreased glucose oxidation
and glycolytic FLUX

(3) Impaired glycogen synthase

insulin stimulates glucose uptake in skeletal muscle, and the
increased glucose flux into skeletal muscle, together with the
activation of key enzymes in glucose metabolism by insulin,
leads a marked increase in muscle glucose oxidation [1].
Thus, under postprandial conditions, for example, mixed
meal, muscle energy metabolism switches from predominant
oxidizion of fat during the fasting state, to predominant
oxidizion of glucose [22]. The ability of skeletal muscle to
switch from fat oxidation during the fasting state to glucose
oxidation during the postprandial state has been referred to
as metabolic flexibility [23].

After glucose is transported into the myocyte via the
GLUT4 transporter, it is immediately phosphorylated by
hexokinase, and the phosphorylated glucose either is con-
verted to, and stored as glycogen, or enters the glycolytic
pathway for oxidation. Approximately 90% of glucose enter-
ing the glycolysis is oxidized and the remaining 10% is
released as lactate. At low plasma insulin concentration, for
example, fasting state, glycogen synthase, and glucose oxida-
tion contribute equally to glucose disposal. However, with
increasing plasma insulin concentration, glycogen synthase
is activitaed by insulin and glycogen synthesise predominate
(∼70% of glucose disposal) [24].

3. Insulin Resistance in Skeletal Muscle

The term insulin resistance refers to an impairment in insulin
action in insulin-target tissues, such as skeletal muscle,
adipocytes, and liver. With respect to skeletal muscle, the
primary action of insulin is to stimulate glucose uptake and
metabolism [1–4]. In lean healthy individuals insulin stimu-
lates glucose uptake into skeletal muscle in a dose-dependent
manner, with a half-maximal effect (EC50) at a plasma
insulin concentration ∼60 μU/mL [21]. In insulin resistant
states, insulin-stimulated glucose uptake is markedly reduced
in skeletal muscle (Figure 1).

Himsworth and kerr [25], using a combined oral glucose
and intravenous tolerance test, were the first to demonstrate
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Figure 1: Dose-response curve relating the plasma insulin concen-
tration to the rate of insulin mediated wgole body glucose uptake in
controls and type 2 diabetic subjects. ∗P < .01 (from [21]).

that tissue sensitivity to insulin is diminished in T2DM
patients. In 1975, Ginsberg et al. [26], using the insulin
suppression test, provided further evidence that the ability
of insulin to promote tissue glucose uptake in T2DM was
severely reduced. The most conclusive documentation for
increased insulin resistance in skeletal muscle in lean, as well
as obese T2DM subjects, has been provided by DeFronzo and
colleagues [1–5, 21, 27, 28] and Butterfield and Whichelow
[29]. Using the gold standard euglycemic hyperinsulinemic
clamp technique to quantify insulin-stimulated glucose
uptake, they demonstrated that both lean and obese T2DM
subjects have marked decrease (>50%) in whole body glucose
disposal during the insulin clamp.

Although glucose disposal during the insulin clamp rep-
resents insulin-stimulated glucose uptake by all peripheral
tissues, the great majority of this glucose uptake take place
in skeletal muscle. Under euglycemic conditions studies,
using the insulin clamp in combination with femoral artery
and vein catheterization [5] has shown that approximately
80% of total body glucose uptake occurs in skeletal muscle.
In response to a physiologic increase in plasma insulin
concentration (80–100 μU/mL), leg muscle glucose uptake
increases progressively in healthy subjects and reaches a
platue value of approximately 10 mg/kg leg wt·min. In con-
trast, during the last hour of the insulin clamp study, the
rate of glucose uptake is reduced by ∼50% in lean T2DM
subjects (Figure 2). Thus, the dose response curve relating
insulin-stimulated glucose uptake and the plasma insulin
concentration shifts to the right with an increase in EC50
(to ∼120–140 μU/mL) in subjects with T2DM (Figure 1). In
addition, the onset of insulin action in skeletal muscle in
T2DM subjects is markedly delayed (Figure 2). Even though
the insulin infusion is continued for an additional 60 minutes
in subjects with T2DM to allow insulin to more fully express
its biologic action, glucose uptake remains blunted. These
studies indicate that insulin resistance in skeletal muscle in
subjects with T2DM is manefisted, not only by a reduction in
the magnitude of insulin action, but also by s delayed onset
of insulin action to stimulate glucose uptake.
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subjects (left) and time course of change in leg glucose uptake in
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Insulin resistance in skeletal muscle is manifested long
before the hyperglycemia becomes evident [2]. Thus, lean
healthy offspring of diabetic parents have a significant
decrease in insulin-stimulated total body and muscle glucose
disposal which is of a similar magnitude to that observed
in their diabetic parents [30–32]. Insulin resistance in
skeletal muscle also can develop independent of family
history of T2DM. Thus, obese NGT subjects without a
family history for T2DM [33, 34] and individuals with
essential hypertension [35] and ischemic heart disease
[36] also have a 35–50% decrease in whole body insulin-
mediated glucose disposal (Figure 3). Insulin resistance in
skeletal muscle also has been reported in association with
the normal ageing process [37], dyslipidemia (increased
plasma triglyceride/decreased HDL cholesterol) [4, 26],
and in association with many disease states including

polycystic ovary syndrome (PCOs) [38], chronic kidney
failure [39], heart failure [40], myotonic dystrophy [41],
and lipodystrophy [42]. In addition, insulin resistance
develops in acute severe illnesses such as injury and sepsis,
perhaps secondary to the acute inflammatory state that
prevails [43]. Insulin resistance in skeletal muscle also can
develop secondary to pharmacological therapy, for example,
glucocorticoids [44], anti-HIV therapy [45], and beta
blockers [46]. These studies indicate that although insulin
resistance in skeletal muscle is a hallmark of T2DM, muscle
insulin resistance and the accompanying insulin resistance
syndrome are more widely prevalent and the metabolic and
clinical consequences of insulin resistance (e.g., increased
cardiovascular risk) affect nondiabetic individuals as
well. Because the molecular mechanisms that lead to the
development of insulin resistance in skeletal muscle have
been extensively studied in obese and T2DM subjects, we will
focus the discussion on the molecular/biochemical pathways
that cause muscle insulin resistance in these two common
metabolic disorders. However, similar molecular defects
have been reported in other insulin resistant states [39].

Under basal conditions, for example, fasting state, the
plasma insulin concentration is low (5–10 μU/mL). Thus,
glucose uptake that takes place in skeletal muscle during the
postabsorptive state is insulin independent. The noninsulin
dependent glucose uptake in skeletal muscle also is decreased
in insulin resistant individuals [47]. The mechanism(s)
responsible for the decrease in noninsulin dependent glucose
uptake has (have) yet to be defined.

3.1. Relationship between Obesity and Insulin Resistance
in Skeletal Muscle. Obese NGT subjects display marked
skeletal muscle insulin resistance compared to lean age
and sex matched individuals [33, 34], and the severity
of muscle insulin resistance is related to the increase in
BMI [34]. Studies in experimental animals and in man
have demonstrated that the increase in body weight is
accompanied with an increase in skeletal muscle insulin
resistance [48–52]. Conversely, weight loss in obese NGT
individuals improves/reverses insulin resistance in skeletal
muscle [43]. Collectively, these studies demonstrate a causal
role of obesity per se in the development of skeletal muscle
insulin resistance.

The mechanism via which obesity causes insulin resis-
tance in skeletal muscle is related to the accumulation of fat
in the myocytes. Muscle biopsy studies [53, 54] have demon-
strated increased triglyceride content in skeletal muscle of
obese NGT subjects compared to lean individuals and an
inverse relationship between muscle insulin sensitivity and
the intramuscular triglyceride content. Although these initial
studies documented the importance of increased muscle
fat content in the etiology of insulin resistance in obesity,
they did not distinguish between the contribution of fat
accumulation inside the muscle fiber (intramyocellar, IMCL)
versus fat accumulation in the muscle outside the muscle cell
(extramyocellar, EMCL). More recent studies [55, 56] using
magnetic resonance spectroscopy have demonstrated that
although IMCL fat content contributes only a small fraction
(∼1%) to the total muscle fat content, it plays a key role
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in the development of insulin resistance in skeletal muscle
compared to EMCL. Muscle insulin resistance strongly
correlates with IMCL, independent of total body fat mass and
diabetes status [56], while the correlation between EMCL
and insulin ressitance is not significant.

Obese NGT individuals are characterized by an increase
in plasma free fatty acid (FFA) concentration. The important
role of elevated plasma FFA in the pathogenesis of insulin
resistance is now well established [12, 14, 57]. Considerable
data implicate a causative role for elevated plasma FFA level
in insulin resistance in skeletal muscle. The majority of
insulin resistant individuals, both diabetic and nondiabetics,
are overweight or obese [58], and both lean and obese
insulin resistant individuals manifest multiple disturbances
in FFA metabolism [59]. Nondiabetic obese and type 2
diabetic individuals are characterized by day-long elevation
in the plasma FFA concentration, which fails to suppress
normally after ingestion of a mixed meal or an oral glucose
load [60]. Elevated plasma FFA levels correlate strongly
with reduced insulin-stimulated glucose disposal in skeletal
muscle [61]. FFAs are stored within adipocytes in the form
of triglycerides and serve as an important source of energy
during fasting. Insulin is a potent inhibitor of lipolysis and
restrains the release of FFAs from adipocytes. In insulin
resistant individuals, for example, nondiabetic obese and
lean type 2 diabetic subjects, the ability of insulin to inhibit
lipolysis and reduce plasma FFA concentration is markedly
impaired [21, 59], leading to an increased rate of lipolysis
and chronic elevation in the plasma FFA concentration. It is
well established that chronically elevated plasma FFA levels
cause insulin resistance in skeletal muscle [1, 12, 14, 62–
65]. Both acute (4 hours) and chronic (4 days) physiologic
elevation of plasma FFA concentration in insulin sensitive
individuals impairs insulin signaling and causes insulin resis-
tance in skeletal muscle [28, 62–68]. The inhibition of insulin
signaling and induction of skeletal muscle insulin resistance
caused by elevation in the plasma FFA concentration is
dose dependent [65]. Conversely, reduction of plasma FFA
concentration in insulin resistant individuals, for example,
type 2 diabetic subjects, augments insulin-stimulated glucose
disposal in skeletal muscle [69–72], and the improvement
in insulin sensitivity is closely associated with a reduction
in intramyocellular FACoA concentration [69]. Collectively,
these results support a causative role of elevated plasma FFA
levels in the pathogenesis of insulin resistance in skeletal
muscle and have been referred to as “lipotoxicity” [73].

Much evidence supports the hypothesis that the lipotoxic
action of FFA on skeletal muscle insulin sensitivity is due
to an increase in intramyocellar fat content: (i) in insulin
resistant individuals, insulin-stimulated glucose disposal
correlates more strongly with intramyocellar fat content than
with the extramtocellar fat [55, 56]; (ii) the decrease in
insulin resistance brought about by reducing the plasma FFA
concentration with acipimox in insulin resistant individuals
is associated with a reduction in intracellular FACoA content,
and the magnitude of decrease in insulin resistance strongly
correlates with the decrease in FACoA content [69]; (iii)
the increase in insulin resistance caused by elevating the
plasma FFA concentration in insulin sensitive individuals

is associated with an increase in the intramyocellar fat
content [74]; (iv) in animals, a high fat diet causes an
increase in intramuscular fat content, which correlates
closely both with the severity and temporal development
of insulin resistance [75, 76]; (v) in rodents, injection of
recombinant adiponectin increases fat oxidation, reduces
intamyocellular lipid, and improves insulin sensitivity [77];
(vi) muscle-specific over expression of lipoprotein lipase
leads to the accumulation of fat/FACoA in muscle and
severe muscle insulin resistance, while the fat content and
insulin sensitivity in other tissues, that is, liver, remain
unchanged [78]; (vii) weight loss, induced by bariatric
surgery, results in a complete normalization of insulin
sensitivity despite the presence of continued obesity (BMI
reduced from 49 to 39 kg/m2) [79]. The normalization of
muscle insulin sensitivity is associated with a reduction of
muscle fat content to normal despite a persistent increase in
total body fat content [79]. These observations collectively
indicate that muscle triglyceride (which is metabolic inert)
is not directly involved in determining insulin sensitivity
but rather represents a marker of imbalance between lipid
supply and lipid oxidation in skeletal muscle, while increases
in intramyocellar FACoA and other lipotoxic metabolites
(DAG, ceramide) have a more direct role in the development
of skeletal muscle insulin resistance.

3.2. Increased Fat Supply or Impaired Mitochondrial Function
in Insulin Resistance? Fat is an important fuel source in
skeletal muscle. The accumulation of fat inside the muscle
fiber could originate from excess supply of FFA to the
muscle, a decreased rate of muscle fat oxidation, or some
combination of the two.

3.2.1. Long-Chain Fatty Acid (LCFA) Transport into the
Muscle. Considerable debate exists regarding the mechanism
by which LCFAs are transported into skeletal muscle [82–
84]. Because LCFAs are highly hydrophobic molecules and
easily can cross the plasma membrane of muscle via passive
diffusion, the rate of LCFA influx into muscle fiber is, in
part, driven by the concentration gradient of LCFA across
the plasma membrane. Thus, an increae in plasma FFA
concentration is an important regulator of FFA supply to
skeletal muscle [82]. Indeed, early studies demonstrated
the rate of lipolysis was a key determinant of FFA uptake
and oxidation in skeletal muscle and documented a linear
relationship between the plasma LCFA concentration and
their rate of uptake and oxidation in the muscle [85–87].
More recent studies have reported that under conditions of
marked increase in energy demand in the muscle, for exam-
ple, during exercise, LCFAs uptake initially increases linearly
then plateaus [88], suggesting the existence of a facilitated
transport mechanism for LCFA into skeletal muscle. Three
putative fatty acid binding proteins located at the plasma
membrane have been identified: (i) the plasma membrane-
bound fatty acid binding protein (FABP); (ii) fatty acid
translocase (CD36); (iii) fatty acid transport protein (FATP).
There is abundant evidence which indicates that CD36 plays
an important role in LCFA uptake into skeletal muscle in
rodents and human and its concentration and activity are
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increased following exercise [89–96]. However, the transport
of LCFA by CD36 into skeletal muscle does not seem to
regulate the rate of LCFA oxidation. During conditions of
decreased fat oxidation and increased CD36 levels, muscle
uptake of LCFA increased, resulting in increased muscle
triglyceride synthesis and increased IMCL content [97, 98].
The CD36 content and LCFA transport capacity have been
reported to be increased in obese and T2DM individuals and
correlate with increased muscle triglyceride content, while fat
oxidation is decreased. Further, insulin has been reported to
increase CD36 content in skeletal muscle [99].

3.2.2. Fat Oxidation in Insulin Resistance. Several studies
have reported decreased fat oxidation in skeletal muscle,
independent of the plasma FFA concentration [100–102].
In one study that compared muscle fat oxidation across the
leg in obese (BMI = 34 kg/m2) compared to lean (BMI =
23 kg/m2) individuals, the rate of fatty acid oxidation was
reduced in the obese group despite similar arterial FFA
concentrations [100]. These results suggest the presence of
impaired muscle fat oxidation independent of fat supply
to skeletal muscle. Similar results have been reported in
rectus abdominus muscle in morbidly obese individuals
[101] and in obese nondiabetic women [102]. Studies in
experimental animals also have reported a decreased rate of
lipid oxidation in skeletal muscle in obese Zuker rat [103].
Collectively, these studies indicate the existence of an intren-
sic defect in mitochondrial capacity to oxidize fat in obesity
and T2DM.

3.2.3. Mitochondrial Function in Insulin Resistant Conditions.
Since the majority of fat oxidation take place in the
mitochondria, impaired fat oxidation in insulin resistant
individuals suggests the presence of a mitochondrial defect
that contributes to the impaired muscle fat oxidation and
increased IMCL fat content. Studies in humans, using
molecular, biochemical, and MR spectroscopic techniques,
have documented a defect in mitochondrial oxidative phos-
phorylation in a variety of insulin resistance states. Because
of its accessibility, most of these studies have been per-
formed in skeletal muscle. In vivo measurement of oxidative
phosphorylation with 31P-NMR has demonstrated impaired
ATP synthesis in a variety of insulin resistant states. Lean
normal-glucose-tolerant (NGT), insulin-resistant offspring
of T2DM parents have a 30–40% decrease in metabolic
flux through the tricarboxylic acid cycle [104] and oxida-
tive phosphorylation [31] in skeletal muscle under basal
conditions. A similar impairment in resting flux through
oxidative phosphorylation also has been reported in sub-
jects with type 2 diabetes [105]. Furthermore, unlike lean
insulin-sensitive individuals, both diabetic subjects and
NGT insulin-resistant offspring of two diabetic parents fail
to increase mitochondrial oxidative phosphorylation flux
following insulin stimulation despite a significant increase
in glucose disposal in skeletal muscle [105, 106]. Sub-
jects with T2DM also have decreased exercise tolerance
and impaired recovery of intracellular phosphocreatinine
concentration following exercise [107, 108], indicating that
the mitochondrial defect in oxidative phosphorylation may

contribute to the impairment in exercise capacity in insulin-
resistant individuals. Insulin resistance also is a characteristic
feature of the normal aging process and is associated with a
decrease in mitochondrial ATP synthesis rate and an increase
in intramyocellar fat content [109]. Lastly, experimental
induction of insulin resistance in skeletal muscle, by a
physiological increase in plasma FFA concentration in lean
healthy insulin-sensitive individuals, is associated with a
decrease in oxidative phosphorylation flux in skeletal muscle
[110]. Collectively, these results indicate that, regardless of
its etiology, insulin resistance in skeletal muscle is associated
with decreased mitochondrial oxidative phosphorylation.

3.3. Qualitative or Quantitative Mitochondrial Defect. The
mitochondrial defect in ATP synthesis rate documented
in vivo with MRS could be due to a reduction in the
number of mitochondria in skeletal muscle with normal
function of individual mitochondria, an intrinsic defect in
a quantitively normal number of mitochondria, or some
combination of the two. All three of these scenarios would
result in a reduced in ATP synthesis rate measured in
vivo with MRS. Other important unanswered questions are
whether the mitochondrial defect is inherited or acquired
and whether this defect is the cause or the effect of the insulin
resistance. An acquired defect potentially could be reversed
or prevented, while an inherited defect would be permanent.

Although several lines of evidence support a reduction in
mitochondrial number in skeletal muscle in insulin resistant
individuals, not all studies have yielded consistent results.
Electron microscopic studies have revealed a significant
reduction (∼40%) in mitochondrial density in skeletal
muscle in lean NGT offspring of type 2 diabetic parents,
in obese nondiabetic individuals and in T2DM subjects
compared to lean insulin-sensitive, age-matched controls
[111, 112]. The decrease in mitochondrial density in skeletal
muscle in insulin-resistant individuals is consistent with
decreased expression of PGC-1 gene [113], the master
regulator for mitochondrial biogenesis. Diabetic subjects
have been reported to have a decrease in muscle fiber oxygen
consumption measured ex vivo. However, when oxygen
consumption was related to mitochondrial copy number,
both diabetic and nondiabetic subjects had similar rates
of muscle oxygen consumption, implying a decrease in
mitochondrial density without an intrinsic mitochondrial
defect in T2DM subjects. However, other studies have
reported contradictory results. Thus, studies which have
assessed mitochondrial copy number in skeletal muscle
in insulin-resistant individuals have reported conflicting
results [114–116]. Furthermore, insulin resistance, caused
by physiological elevation in plasma FFA concentration in
lean healthy individuals, was not associated with a significant
change in mitochondrial density in skeletal muscle [117].

Several morphological and functional studies support
the concept of an intrinsic mitochondrial defect in insulin
resistant individuals. EM studies have demonstrated a variety
of morphological abnormalities in mitochondria in insulin-
resistant individuals [118] and these changes were reversable
with weight loss and increased physical activity [119]. Ex
vivo measurement of electron transport chain activity (ETC)
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[112] and mitochondrial ATP synthesis in isolated mito-
chondria [120, 121] have demonstrated a decrease in ETC
activity and ATP synthesis in obese insulin-resistant indi-
viduals compared to lean insulin-sensitive subjects. Since, in
these studies [112, 120], ETC activity and mitochondrial ATP
synthesis rate were related to the amount of mitochondrial
protein and/or citrate synthase activity, these observations
indicate the existence of a basic functional defect in mito-
chondrial activity in skeletal muscle of obese insulin-resistant
individuals [115]. Biochemical studies have reported a
decrease in the activity of a variety of mitochondrial enzymes
[122], also supporting an intrinsic functional mitochondrial
defect in type 2 diabetic subjects. An intrinsic mitochondrial
defect, with or without a decrease in mitochondrial density,
would be expected to result in impaired lipid oxidation, an
increase in intramyocellular lipid content, and the develop-
ment/exacerbation of insulin resistance. Additional studies
are needed to resolve some of the inconsistencies reviewed
above and to explore the biochemical/molecular basis of the
mitochondrial defect measured in vivo in skeletal muscle in
insulin resistant individuals.

3.4. Inherited or Acquired Mitochondrial Defect. An inherited
mitochondrial oxidative defect in the absence (but especially
in the presence) of enhanced FFA influx to skeletal muscle
would be expected to lead to intramyocellular fat accu-
mulation. An inherited defect in mitochondrial oxidative
capacity should be present at or shortly after birth and,
most importantly, not be reversable. With regard to this,
several lines of evidence indicate that the mitochondrial
defect associated with insulin resistant is reversible, at least
in part: (i) modest weight reduction (∼10% of body weight),
produced by dieting and increased physical activity, reduces
insulin resistance and intramyocellular lipid content and
these changes are associated with increased fat oxidation
in skeletal muscle [123]. Furthermore, the magnitude of
increase in fat oxidation following weight loss correlated
strongly with the decrease in insulin resistance [123]; (ii)
marked weight reduction following bariatric surgery in mor-
bidly obese, severely insulin-resistant subjects completely
normalized insulin sensitivity, and correction of the insulin
resistance was accompanied by depletion of intramyocellar
fat content [124]. Although mitochondrial function was
not assessed following weight loss in this latter study,
the depletion of intramyocellular fat and normalization of
insulin sensitivity suggests a reversible mitochondrial defect
in these morbidly obese, insulin-resistant individuals; (iii)
the morphological changes which characterize mitochondria
in obese insulin-resistant individuals [118] can be reversed
following weight loss and increased physical activity [119];
(iv) the improvement in insulin sensitivity following exercise
is associated with improved muscle oxidative capacity [125,
126] and increases in both mitochondrial density [127]
and activity [128–130]. These observations indicate that the
mitochondrial defect which accompanies insulin resistance
is, at least in part, reversible. The ability to reverse the
defect in mitochondrial oxidative function argues against
an inherited defect. Importantly, a mitochondrial defect
similar to that observed in insulin-resistant individuals can

be produced in young lean healthy subjects by physiologic
elevation of the plasma FFA concentration [110, 131]. In
addition, the insulin resistance associated with aging in lean
subjects with negative family history of diabetes is associated
with a decrease in mitochondrial function [109]. Thus,
normal mitochondrial function in young, insulin-sensitive
subjects suggests that the mitochondrial defect and insulin-
resistance are acquired as part of the normal ageing process.

The evidence reviewed above supports the hypothesis
that the mitochondrial defect which accompanies insulin
resistance is reversible, at least in part, and is likely to be
acquired. Regarding the etiology of the acquired defect in
mitochondrial function, in vivo mitochondrial ATP synthesis
rate, measured with 31P-NMR strongly and inversely corre-
lates with the fasting plasma FFA concentration [105], sug-
gesting a possible role for elevated plasma FFA/toxic intramy-
ocellar FFA metabolite concentrations in the mitochondrial
dysfunction in insulin resistant individuals. With respect
to this, we recently have demonstrated that a physiologic
increase in FACoA concentration inhibits mitochondrial ATP
synthesis in vitro in mitochondria isolated from skeletal
muscle of NGT healthy lean subjects [132]. This observation
is consistent with the decrease in oxidative phosphorylation
observed following elevation in the plasma FFA concentra-
tion in lean healthy individuals [110], and it indicates that
elevated plasma FFA/intramyocellular metabolite concentra-
tion can cause an acquired mitochondrial defect in oxidative
phosphorylation.

3.5. Mitochondrial Defect in Insulin Resistance: Cause or
Effect? The mitochondrial defect in oxidative phosphory-
lation described in vivo with MRS and ex vivo in muscle
fibers and isolated mitochondria could contribute to the
increase in intramyocellar FFA metabolite levels observed in
obesity and T2DM and contribute to the insulin resistance.
However, one also can imagine another scenario in which
the mitochondrial defect results from insulin resistance. If
the increase in intramyocellar fat content in insulin resistant
individuals was associated with an increase in fat oxidation
and excessive production of reactive oxygen species or other
toxic metabolites, then the decrease in mitochondrial oxida-
tive phosphprylation could result from the downregulation
of mitochondrial function to ameliorate the production of
these toxic molecules. Reproduction of the mitochondrial
defect in oxidative phosphorylation in normal healthy
individuals by elevation of the plasma FFA concentration
would argue for a causative role of the mitochondrial defect
in insulin resistance. However, since muscle insulin resistance
also develops following lipid infusion and since the time
course of the development of the mitochondrial defect and
insulin resistance were not monitored during lipid infusion
[110], one cannot completely exclude the possibility that the
mitochondrial defect results secondary to insulin resistance.

Studies in experimental animals and cultured muscle
cells have attempted to address the relationship between
mitochondrial function and skeletal muscle insulin resis-
tance. Over expression of the PGC-1 alpha gene in skeletal
muscle in mice in vivo enhanced mitochondrial activity,
augmented the expression of multiple proteins involved in
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fat oxidation and glucose transport, and increased by ∼35%
insulin-stimulated glucose uptake [133]. Similarly, activation
of SIRT1 with resveratrol in mice resulted in increased
mitochondrial activity and protected the animals from diet-
induced obesity and insulin resistance [134]. Studies in
cultured skeletal muscle cells have been inconsistent. Down
regulation of mitochondrial function in myotubes with
oligomycin, which inhibits mitochondrial ATP synthesis,
and with ethidium bromide, which impairs mitochondrial
DNA replication, caused an increase in intracellular fat
content, impaired insulin signaling, and decreased insulin-
stimulated glucose uptake [135]. However, treatment of
the muscle cells with azide, an inhibitor of mitochondrial
complex IV, increased basal glucose uptake without affecting
insulin-stimulated glucose uptake in myotubes [136]. Down
regulation of electron transport chain activity in mice by
knocking down apoptosis inintiating factor (AIF) resulted in
enhanced insulin sensitivity and protection the animal from
fat-induced insulin resistance [137].

In summary it can be concluded that both decreased
mitochondrial fat oxidation and increased FFA influx into
skeletal muscle take place during insulin resistance state.
If the rate of fat supply exceeds the demand for fat
oxidation, the muscle redirects the fat entering the cell
toward triglyceride synthesis leading to increased IMCL
content. In contrast if fat oxidation exceeds the rate of fat
supply, all fat entering the muscle will be directed to fat
oxidation and no fat will accumulate in the muscle. Thus, the
IMCL content in skeletal muscle reflects the dynamic balance
between the demand for fat oxidation and fat supply to
the muscle.

4. Cellular Mechanism of Insulin Resistance

The cellular events via which insulin initiates its stimulatory
effect on glucose metabolism start with binding of the
hormone to specific receptors that are present on the
muscle cell surface [2, 138–140]. The binding of insulin
activates the insulin receptor and the activated insulin
receptor generates second messengers that activate a cas-
cade of phosphorylation-dephosphorylation reactions that
eventually result in the stimulation of intracellular glucose
metabolism. The first step in glucose metabolism involves
activation of the glucose transport system (GLUT4), leading
to glucose influx into muscle cells. The free glucose, which
has entered the cell, subsequently is metabolized by a series
of enzymatic steps that are under the control of insulin. Of
these, the most important are glucose phosphorylation (cat-
alyzed by hexokinase II), glycogen synthase (which controls
glycogen synthesis), and phosphofructokinase (PFK) and
pyruvate dehydrogenase (PDH) (which regulate glycolysis
and glucose oxidation, resp.).

4.1. Insulin Receptor/Insulin Receptor Tyrosine Kinase. The
insulin receptor is a glycoprotein comprised of two α-
subunits and two β-subunits linked by disulfide bonds
[2, 138–140]. The two α-subunits of the insulin receptor
are located at the extracellular surface of the muscle plasma
membrane and contain the insulin-binding domain. The

β-subunits have an extracellular domain, a transmembrane
domain, and an intracellular domain that expresses insulin-
stimulated kinase activity directed toward its own tyrosine
residues. The binding of insulin to the α-subunit causes
phosphorylation of the β-subunit on multiple tyrosine
residues. The activation of insulin receptor tyrosine
kinase activity is essential for the action of insulin on
glucose metabolism. Mutagenesis of any of the three major
phosphorylation sites (at residues 1158, 1163, and 1162)
impairs insulin receptor tyrosine kinase activity, leading to
a decrease in the metabolic and growth-promoting effects of
insulin [141, 142].

4.2. Insulin Receptor Signal Transduction. Following the acti-
vation of insulin receptor tyrosine kinase, specific intracellu-
lar proteins, of which at least nine have been identified [138,
143], become phosphorylated. In skeletal muscle insulin-
receptor substrate (IRS)-1 serves as the major docking pro-
tein and undergoes tyrosine phosphorylation by the activated
insulin receptor in regions containing specific amino acid
sequence motifs (Figure 4). The phosphorylated motifs serve
as recognition sites for proteins containing src-homology 2
(SH2) domains. Mutation of these specific tyrosine residues
in IRS-1 severely impairs the ability of insulin to stimulate
muscle glycogen synthesis, glucose uptake and oxidation,
and other acute metabolic- and growth-promoting effects of
insulin [142].

The phosphorylated tyrosine residues of IRS-1 mediate
an association with the 85-kDa regulatory subunit of phos-
phatidylinositol 3-kinase (PI3K), leading to activation of the
enzyme [138–140, 143, 144]. PI3K is composed of an 85-
kDa regulatory subunit and a 110-kDa catalytic subunit. The
latter catalyzes the 3′ phosphorylation of PI 4-phosphate and
PI 4,5-diphosphate. Activation of PI3K by phosphorylated
IRS-1 leads to activation of protein kinase B/Akt which
is a central intermediate for many of the metabolic and
growth actions of insulin. It has been identified as one of the
kinases responsible for the inactivation of glycogen synthase
kinase through its phosphorylation, a process that leads to
the activation of glycogen synthase. Akt also phosphorylates
the newly identified Akt substrate AS160, leading to its
redistribution in the cell and activation of Rab proteins
required for the translocation of the vesicles containing
GLUT4 to the plasma membrane.

Inhibitors of PI3K impair glucose transport and block
the activation of glycogen synthase and hexokinase- (HK-)
II expression [138–146] The action of insulin to increase
protein synthesis and inhibit protein degradation also is
mediated by PI3K.

Other proteins with SH2 domains, including the adapter
protein Grb2 and Shc, also interact with IRS-1 and become
phosphorylated following exposure to insulin [138–140,
143]. Grb2 and Shc link IRS-1/IRS-2 to the mitogen-
activated protein kinase- (MAPK-) signaling pathway, which
plays an important role in the generation of transcription
factors and promotes cell growth, proliferation, and differ-
entiation [138, 143]. Inhibition of the MAPK kinase pathway
prevents the stimulation of cell growth by insulin but has no
effect on the metabolic actions of the hormone [147].
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Figure 4: Insulin signal transduction system in normal glucose
tolerant subjects (see text for a detailed discussion).

Under anabolic conditions, insulin augments glycogen
synthesis by simultaneously activating glycogen synthase and
inhibiting glycogen phosphorylase [148, 149]. The effect
of insulin is mediated through the PI3K pathway, which
inactivates kinases such as glycogen synthase kinase-3 and
activates phosphatases, particularly PP1. PP1 is believed to
be the primary regulator of glycogen metabolism. In skeletal
muscle, PP1 associates with a specific glycogen-binding
regulatory subunit, causing dephosphorylation (activation)
of glycogen synthase. PP1 also phosphorylates (inactivates)
glycogen phosphorylase. The precise steps that link insulin
receptor tyrosine kinase/PI3K activation to stimulation of
PP1 have yet to be defined. Studies [138, 150] have demon-
strated convincingly that inhibitors of PI3K inhibit glycogen
synthase activity and abolish glycogen synthesis.

4.3. Insulin Receptor Signal Transduction Defects in Insulin
Resistance. Early studies have demonstrated a modest 20–
30% reduction in insulin binding to monocytes and
adipocytes from type 2 diabetic patients, but this has not
been a consistent finding [1, 151–154]. The decrease in
insulin binding is caused by a reduction in the number of
insulin receptors without change in insulin receptor affinity.
Some caution, however, should be used in interpreting
these studies because muscle and liver, not adipocytes, are
the major tissues responsible for the regulation of glucose
homeostasis in vivo, and insulin binding to solubilized
receptors obtained from skeletal muscle and liver has been
shown to be normal in obese and lean diabetic individuals
[152, 153, 155]. Moreover, a decrease in insulin receptor
number cannot be demonstrated in over half of type 2
diabetic subjects, and it has been difficult to demonstrate a
correlation between reduced insulin binding and the severity
of insulin resistance [156–158]. A variety of defects in insulin
receptor internalization and processing have been described
in syndromes of severe insulin resistance and diabetes. The
insulin receptor gene, however, has been sequenced in a
large number of type 2 diabetic patients from diverse ethnic
populations and, with very rare exceptions, physiologically
significant mutations in the insulin receptor gene have not
been observed [159, 160]. This excludes a structural gene
abnormality in the insulin receptor as a common cause of
insulin resistance in skeletal muscle.

4.4. Insulin Receptor Tyrosine Kinase Activity. Insulin recep-
tor tyrosine kinase activity has been examined in skeletal
muscle from normal-weight and obese diabetic subjects.
Most [1, 7, 152, 153, 156, 161] but not all [155] investigators
have found a reduction in tyrosine kinase activity that
cannot be explained by alterations in insulin receptor
number or insulin receptor binding affinity. Restoration of
normoglycemia by weight loss, however, has been shown
to correct the defect in insulin receptor tyrosine kinase
activity [162], suggesting that the defect in tyrosine kinase
activity, at least in part, is acquired secondary to some com-
bination of hyperglycemia, distributed intracellular glucose
metabolism, hyperinsulinemia, and insulin resistance, all
of which improved after weight loss. Exposure of cultured
fibroblasts to high glucose concentration also has been
shown to inhibit insulin receptor tyrosine kinase activity
[163]. Because insulin receptor tyrosine kinase activity
assays are performed in vitro, the results of these assays
could provide misleading information with regard to insulin
receptor function in vivo. To circumvent this problem, inves-
tigators have used the euglycemic hyperinsulinemic clamp
with muscle biopsies and antiphosphotyrosine immunoblot
analysis to provide a “snap shot” of the insulin-stimulated
tyrosine phosphorylation state of the receptor in vivo
[7]. In insulin-resistant obese nondiabetic subjects, in the
NGT insulin resistant offspring of two diabetic parents,
and in type 2 diabetic subjects, a substantial decrease
in insulin receptor tyrosine phosphorylation has been
demonstrated. However, when insulin-stimulated insulin
receptor tyrosine phosphorylation was examined in normal-
glucose-tolerant insulin-resistant individuals (offspring of
two diabetic parents) at high risk for developing type 2
diabetes, a normal increase in tyrosine phosphorylation of
the insulin receptor was observed [164]. These findings are
consistent with the concept that impaired insulin receptor
tyrosine kinase activity in type 2 diabetic patients is acquired
secondary to hyperglycemia or some other metabolic
disturbance.

4.5. Insulin-Signaling (IRS-1 and PI3K) Defects (Figure 5).
The ability of insulin to activate insulin receptor and IRS-
1 tyrosine phosphorylation in muscle in obese nondiabetic
subjects is modestly reduced; whereas in type 2 diabetics
insulin-stimulated insulin receptor and IRS-1 tyrosine phos-
phorylation are severely impaired [7]. Association of the
p85 subunit of PI3K with IRS-1 and activation of PI3K
also are greatly attenuated in obese nondiabetic and type
2 diabetic subjects compared with lean healthy controls
[7, 165, 166]. The decrease in insulin-stimulated association
of the p85 regulatory subunit of PI3K with IRS-1 is closely
correlated with the reduction in insulin-stimulated muscle
glycogen synthase activity and in vivo insulin-stimulated
glucose disposal [7]. Impaired regulation of PI3K gene
expression by insulin also is impaired in skeletal muscle,
and similar impairment has been demonstrated in adipose
tissue of type 2 diabetic subjects [167]. In animal models
of diabetes, an 80%–90% decrease in insulin-stimulated
IRS-1 phosphorylation and PI3K activity has been reported
[168, 169].
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Figure 5: In insulin resistant individuals insulin signaling is
impaired at the level of IRS-1 leading to decreased glucose
transport/phosphorylation/metabolism and impaired nitric oxide
synthase activation/endothelial function. Increased intramycellar
fat and fatty acid meyabolite content and mitochondrial dysfunc-
tion also exist in skeletal muscle in insulin resistant individuals (see
text for a detailed discussion).

In the insulin-resistant, normal glucose tolerant offspring
of two type 2 diabetic parents, IRS-1 tyrosine phospho-
rylation and the association of p85 protein/PI3K activity
with IRS-1 are markedly decreased despite normal tyro-
sine phosphorylation of the insulin receptor; these insulin
signaling defects are correlated closely with the severity
of insulin resistance measured with the euglycemic insulin
clamp technique [164]. In summary, impaired association
of PI3K with IRS-1 and its subsequent activation are
characteristic abnormalities in type 2 diabetics, and these
defects are correlated closely with in vivo muscle insulin
resistance.

The nature of the defect in IRS-1 that impairs its ability
to activate PI3-Kinase does not seem to include a structural
defect in IRS-1. A common mutation in the IRS-1 gene (Gly-
972-Arg) has been associated with type 2 diabetes, insulin
resistance, and obesity, but the physiologic significance of
this mutation remains to be established [170]. Rodent and
human studies have suggested increased serine phosphory-
lation of IRS-1 in insulin resistant states [111, 171–173]. In
general, serine phosphorylation of IRS-1 negates its ability
to undergo tyrosine phosphorylation. Thus, conditions that
increase serine phosphorylation of IRS-1 impair tyrosine
phosphorylation by the insulin receptor and its activation,
thus, leading to an impartment in the insulin signaling
cascade. An important, yet an answered, question is the
identity of the factor(s) responsible for the activation of
serine kinases that phosphorylate IRS-1. Increased activity
of protein kinase C (PKC-β and δ has been reported in
insulin resistant states and can be induced during lipid
infusion [174, 175]. Furthermore, increased intramyocellar
levels of fat metabolites, for example, FACoA and DAG,
which are strong activators of protein kinase C, have been
demonstrated following lipid infusion [176]. Moreover,
prevention of the IRS-1 serine phosphorylation by mutating
key serine residues in the IRS-1 prevents the development
of insulin resistance in skeletal muscle caused by high-fat
feeding [169]. Increased stress kinase activity also has been

implicated in contribute to the serine phosphorylation of
IRS-1 and subsequent impairment tyrosine phosphorylation
[177, 178]. In summary, increased serine phosphorylation
of IRS-1 is believed to impair its tyrosine phosphorylation
by the insulin receptor and interrupt the insulin signalin
cascade, leading to the development of insulin resistance in
skeletal muscle.

Because nitric oxide synthase also is activated by the
IRS-1/PIS-K pathway, impaired insulin signaling leads to
reduced nitric oxide generation and endothelial dysfunction,
which have implicated in the development of accelerated
atherosclerosis in T2DM individuals.

Insulin resistance in the PI3K signaling pathway con-
trasts with an intact stimulation of the MAPK pathway
by insulin in insulin-resistant type 2 diabetic and obese
nondiabetics individuals [7, 165]. Physiologic hyperinsuline-
mia increases mitogen-activated protein kinase/extracellular
signal-regulated kinase 1 activity (MEK-1) and extracellular
signal-regulated kinase1/2 phosphorylation activity (ERK)
similarly in lean healthy subjects, insulin-resistant obese
nondiabetic, and type 2 diabetic patients. Intact stimu-
lation of the MAPK pathway by insulin in the presence
of insulin resistance in the PI3K pathway may play an
important role in the development of atherosclerosis [7].
If the metabolic (PI3K) pathway is impaired, plasma glu-
cose levels rise, resulting in increased insulin secretion
and hyperinsulinemia. Because insulin receptor function is
normal or only modestly impaired, especially early in the
natural history of type 2 diabetes, this leads to excessive
stimulation of the MAPK (mitogenic) pathway in vascular
tissues, with resultant proliferation of vascular smooth
muscle cells, increased collagen formation, and increased
production of growth factors and inflammatory cytokines
[179, 180].

4.6. Glucose Transport. Activation of the insulin signal
transduction system in skeletal muscle stimulates glucose
transport through a mechanism that involves transloca-
tion of a large intracellular pool of glucose transporters
(associated with low-density microsomes) to the plasma
membrane and their subsequent activation after insertion
into the cell membrane [181, 182]. There are five major,
different facilitative glucose transporters (GLUTs) with dis-
tinctive tissue distributions [183, 184]. GLUT4, the insulin
regulatable transporter, is found in skeletal muscle, has a
Km of approximately 5 mmol/L, which is close to that of
the plasma glucose concentration, and is associated with
HK-II [173, 174]. GLUT4 concentration in the plasma
membrane increases markedly after exposure to insulin, and
this increase is associated with a reciprocal decline in the
intracellular GLUT4 pool. A recent study has reported a
parallel translocation of GLUT12 from the cytosol to the
plasma membrane following insulin stimulation in human
skeletal muscle [185].

GLUT1 is the predominant glucose transporter in the
insulin-independent tissues (brain and erythrocytes) but
also is found in muscle and probably contributes to muscle
glucose uptake during the basal state. GLUT1 is located
primarily in the plasma membrane where its concentration is
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unchanged following exposure to insulin. Thus, it is likely to
contribute to muscle glucose uptake during the basal state. It
has a low Km (∼1 mmol/L) and is well suited for its function,
which is to mediate basal glucose uptake. It is found in
association with HK-I [186].

In insulin resistant individuals with T2DM, glucose
transport activity is severely impaired [156, 181, 182, 187–
189]. Muscle tissue from lean and obese type 2 diabetic
subjects exhibits normal or increased levels of GLUT4
mRNA expression and normal levels of GLUT4 protein,
thus demonstrating that transcriptional and translational
regulation of GLUT4 is not impaired [190, 191]. Using a
novel triple-tracer technique, the in vivo dose-response curve
for the action of insulin on glucose transport in forearm
skeletal muscle has been examined in type 2 diabetic subjects,
and insulin-stimulated inward muscle glucose transport has
been shown to be severely impaired [192, 193]. Impaired
in vivo muscle glucose transport in type 2 diabetics also
has been demonstrated using magnetic resonance imaging
[194] and positron emission tomography [195]. Because the
number of GLUT4 transporters in the muscle of diabetic
subjects is normal, impaired GLUT4 translocation and
decreased intrinsic activity of the glucose transporter must
be responsible for the defect in muscle glucose transport.
Large populations of type 2 diabetics have been screened for
mutations in the GLUT4 gene [196]. Such mutations are very
uncommon and, when detected, have been of questionable
physiologic significance.

4.7. Glucose Phosphorylation. Glucose phosphorylation and
glucose transport are tightly coupled processes [197]. Hex-
okinase isoenzymes (HK-I–IV) catalyze the first committed
step of glucose metabolism, the intracellular conversion
of free glucose to glucose-6-phosphate (Glu-6-P) [183,
184, 186, 198]. HK-I, HK-II, and HK-III are single-chain
peptides that have a very high affinity for glucose and
demonstrate product inhibition by Glu-6-P. HK-IV, also
called glucokinase, has a lower affinity for glucose and is not
inhibited by Glu-6-P.

In human skeletal muscle, HK-II transcription is reg-
ulated by insulin, whereas HK-I mRNA and protein levels
are not affected by insulin [199, 200]. In response to
physiologic euglycemic hyperinsulinemia of 2 to 4 hours’
duration, HK-II cytosolic activity, protein content, and
mRNA levels increase by 50% to 200% in healthy nondia-
betic subjects, and this is associated with the translocation
of hexokinase II from the cytosol to the mitochondria.
In forearm muscle, insulin-stimulated glucose transport
(measured with the triple-tracer technique) is markedly
impaired in lean type 2 diabetics [192, 193], but the rate
of intracellular glucose phosphorylation is impaired to an
even greater extent, resulting in an increase in the free
glucose concentration within the intracellular space that is
accessible to glucose. These observations indicate that in
type 2 diabetic individuals, although both glucose transport
and glucose phosphorylation are severely resistant to the
action of insulin, impaired glucose phosphorylation (HK-II)
appears to be the rate-limiting step for insulin action. Studies
using 31P nuclear magnetic resonance in combination with

[1-14C] glucose also have demonstrated that both insulin-
stimulated muscle glucose transport and glucose phospho-
rylation are impaired in type 2 diabetic subjects, but the
defect in transport exceeds the defect in phosphorylation
[194]. Because of methodologic differences, the results of the
triple-tracer technique [192, 193] and magnetic resonance
imaging [194] studies cannot be reconciled at present.
Nonetheless, these studies are consistent in demonstrating
that abnormalities in both muscle glucose phosphorylation
and glucose transport are well established early in the natural
history of type 2 diabetes and cannot be explained by glucose
toxicity.

In healthy nondiabetic subjects, a physiologic increase
in the plasma insulin concentration for as little as 2 to 4
hours increases muscle HK-II activity, gene transcription,
and translation [201]. In lean type 2 diabetics, the ability
of insulin to augment HK-II activity and mRNA levels are
markedly reduced compared with controls [199]. Decreased
basal muscle HK-II activity and mRNA levels and impaired
insulin-stimulated HK-II activity in type 2 diabetic subjects
have been reported by other investigators [200, 202]. A
decrease in insulin-stimulated muscle HK-II activity also
has been described in subjects with IGT [203]. Several
groups have looked for point mutations in the HK-II
gene in individuals with type 2 diabetes, and, although
several nucleotide substitutions have been found, none are
close to the glucose and ATP binding sites and none have
been associated with insulin resistance [203–205]. Thus,
an abnormality in the HK-II gene is unlikely to explain
the inherited insulin resistance in common variety type 2
diabetes mellitus.

4.8. Glycogen Synthesis. Impaired insulin-stimulated glyco-
gen synthesis is a characteristic finding in all insulin-
resistant states. Obese, IGT, and diabetic subjects have
severe impairment in insulin-stimulated glycogen synthase
that accounts for the majority of the defect in insulin-
mediated whole-body glucose disposal [1, 2, 21, 195, 206–
218]. Impaired glycogen synthesis also has been documented
in the normal-glucose tolerant offspring of two diabetic
parents, in the first-degree relatives of type 2 diabetic indi-
viduals, and in the normoglycemic twin of a monozygotic
twin pair in which the other twin has type 2 diabetes
[206, 210, 211].

Glycogen synthase is the key insulin-regulated enzyme
that controls the rate of muscle glycogen synthesis [148, 150,
200, 212–214]. Insulin activates glycogen synthase by stim-
ulating a cascade of phosphorylation-dephosphorylation
reactions which ultimately lead to the inhibition of glycogen
synthase kinase and activation of PP1 (also called glycogen
synthase phosphatase). The regulatory subunit of PP1 has
two serine phosphorylation sites, called site 1 and site
2. Phosphorylation of site 2 by cAMP-dependent protein
kinase inactivates PP1; whereas phosphorylation of site 1 by
insulin activates PP1, leading to the stimulation of glycogen
synthase. Phosphorylation of site 1 of PP1 by insulin in
muscle is catalyzed by insulin-stimulated protein kinase
(ISPK)-1. Because of their central role in muscle glycogen
formation, the three enzymes, glycogen synthase, PP1, and
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ISPK-1, have been extensively studied in individuals with
type 2 diabetes.

Glycogen synthase exists in an active (dephosphorylated)
and an inactive (phosphorylated) form [148–150]. Under
basal conditions, total glycogen synthase activity in type 2
diabetic subjects is reduced, and the ability of insulin to
activate glycogen synthase is severely impaired [7, 215–217].
The ability of insulin to stimulate glycogen synthase also is
diminished in the normal glucose-tolerant, insulin-resistant
relatives of type 2 diabetic individuals [218]. In insulin-
resistant nondiabetic and diabetic Pima Indians, activation
of muscle PP1 (glycogen synthase phosphatase) by insulin
is severely reduced [219]. Because PP1 dephosphorylates
glycogen synthase, leading to its activation, a defect in PP1
appears to play an important role in the muscle insulin
resistance of type 2 diabetes mellitus.

The effect of insulin on glycogen synthase gene transcrip-
tion and translation in vivo has been studied extensively.
Most studies have demonstrated that insulin does not
increase glycogen synthase mRNA or protein expression in
human muscle [201, 220, 221]. Glycogen synthase mRNA
and protein levels, however, are decreased in muscle of
type 2 diabetic patients, partly explaining the decreased
glycogen synthase activity [221, 222]. The major abnormality
in glycogen synthase regulation in type 2 diabetes is its lack
of dephosphorylation and activation by insulin, as a result of
insulin receptor signaling abnormalities.

The glycogen synthase gene has been the subject of
intensive investigation, and DNA sequencing has revealed
either no mutations or rare nucleotide substitutions that
cannot explain the defect in insulin-stimulated glycogen
synthase activity [223–225]. The genes encoding the catalytic
subunits of PP1 and ISPK-1 have been examined in Pima
Indians and Danes with type 2 diabetes [226, 227]. Several
silent nucleotide substitutions were found in the PP1 and
ISPK-1 genes in the Danish population, but the mRNA
levels of both genes were normal in skeletal muscle. No
structural gene abnormalities in the catalytic subunit of PP1
were detected in Pima Indians. Thus, neither mutations
in the PP1 and ISPK-1 genes nor abnormalities in their
translation can explain the impaired enzymatic activities of
glycogen synthase and PP1 that have been observed in vivo.
Similarly, there is no evidence that an alteration in glycogen
phosphorylase plays any role in the abnormality in glycogen
formation in type 2 diabetes [228].

In summary, glycogen synthase activity is severely
impaired in type 2 diabetic individuals, and the molecular
cause of the defect most likely is related to impaired insulin
signal transduction.

4.9. Glycolysis. Glucose oxidation accounts for approxi-
mately 90% of total glycolytic flux; whereas anaerobic glycol-
ysis accounts for the other 10%. Phosphofructokinase and
pyruvate dehydrogenase play pivotal roles in the regulation
of glycolysis and glucose oxidation, respectively. In type 2
diabetic individuals, the glycolytic/glucose oxidative pathway
has been shown to be impaired [229]. Although one study
[230] has suggested that PFK activity is modestly reduced in
muscle biopsies from type 2 diabetic subjects, most evidence

indicates that the activity of PFK is normal [216, 221].
Insulin has no effect on muscle PFK activity, mRNA levels, or
protein content in either nondiabetic or diabetic individuals
[221]. PDH is a key insulin-regulated enzyme with activity
in muscle that is acutely stimulated by insulin [231]. In type
2 diabetic patients, insulin-stimulated PDH activity has been
shown to be decreased in human skeletal muscle [231, 232].

Obesity and type 2 diabetes mellitus are associated with
accelerated FFA turnover and oxidation [1, 2, 21, 233],
which would be expected, according to the Randle cycle
[234], to inhibit PDH activity and consequently glucose
oxidation. Therefore, it is likely that the observed defects in
glucose oxidation and PDH activity are acquired secondary
to increased FFA oxidation and feedback inhibition of PDH
by elevated intracellular levels of acetyl-CoA and reduced
availability of NAD. Consistent with this scenario, the rates
of basal and insulin-stimulated glucose oxidation are not
reduced in the normal glucose-tolerant offspring of two
diabetic parents and in the first-degree relatives of type
2 diabetic subjects; whereas they are decreased in overtly
diabetic subjects.

5. Summary

In summary, a defect in the insulin signaling cascade at the
level of IRS-1 is likely the primady defect that leads to insulin
resistance in skeletal muscle. Other defects in the insulin
signaling pathway, for example, diminished insulin binding,
when present, are modest and secondary to downregulation
of the insulin receptor by chronic hyperinsulinemia. In
insulin resistant individuals with overt hyperglycemia, for
example, T2DM, a number of postbinding defects have been
demonstrated, including reduced insulin receptor tyrosine
kinase activity and altered insulin signal transduction,
decreased glucose transport, diminished glucose phospho-
rylation, and impaired glycogen synthase activity. From
the quantitative standpoint, impaired glycogen synthesis
represents the major pathway responsible for the insulin
resistance and this defect is present long before the onset of
overt diabetes, that is, in normal glucose-tolerant, insulin-
resistant prediabetic subjects, and in individuals with IGT.
The impairment in glycogen synthase activation is likely due
to a defect in the ability of insulin to phosphorylate IRS-1,
causing a reduced association of the p85 subunit of PI 3-
kinase with IRS-1 and decreased activation of the enzyme
PI3K.

Increased intramyocellar fat content and fatty acid
metabolites, for example, FACoA and DAG, are likely to
play a pivotal role in the development of insulin resistance
in skeletal muscle. Through activation of serine/threonine
kinases and serine phosphorylate the IRS-1, fatty acid
metabolites impair IRS-1 phosphorylation by the insulin
receptor and lead to the defect in insulin signaling in
insulin resistant individuals. The cause for the intramycellar
accumulation of fat and fat metabolites has yet to be defined.
A mitochondrial defect in oxidative phosphorylation has
been reported in insulin resistant individuals. However, the
contriution of this mitochondrial defect to the intamyocellar
fat accumulation is not yet clear.
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Inherited neuromuscular disorders affect approximately one in 3,500 children. Structural muscular defects are most common;
however functional impairment of skeletal and cardiac muscle in both children and adults may be caused by inborn errors of
energy metabolism as well. Patients suffering from metabolic myopathies due to compromised energy metabolism may present
with exercise intolerance, muscle pain, reversible or progressive muscle weakness, and myoglobinuria. In this review, the physiology
of energy metabolism in muscle is described, followed by the presentation of distinct disorders affecting skeletal and cardiac muscle:
glycogen storage diseases types III, V, VII, fatty acid oxidation defects, and respiratory chain defects (i.e., mitochondriopathies).
The diagnostic work-up and therapeutic options in these disorders are discussed.

1. Introduction

Both skeletal and heart muscle are highly dependent on
energy supply. As energy demand of these muscle tissues
varies by several orders of magnitude, energy metabolism
has to be tightly regulated in order to meet varying energy
requirement.

In this review, we shall first describe the physiology of
energy metabolism in muscle, and then deal with different
myopathies caused by inborn errors of energy metabolism.

2. Physiology of Energy Metabolism in Muscle

Glucose, fatty acids, and, to a lesser extent, amino acids
serve as energy substrates for skeletal muscle cells. During
quiescence, fatty acids are the main fuel. However, glucose
and 6 amino acids (leucine, isoleucine, valine, asparagine,
aspartate, glutamate) may also be used by the resting muscle
[1, 2]. Only leucine and isoleucine can be oxidised in muscle
after being converted to acetyl CoA. The other amino acids
are used solely for de novo synthesis of citric acid cycle-
intermediates.

Glycogen is stored in skeletal and heart muscle. In
contrast to liver glycogen, muscle glycogen does not serve
glucose homeostasis in the body but is almost exclusively

used for energy metabolism in muscle itself. In the initial
phase of exercise, blood supply to skeletal muscle is not yet
adequate; hence oxygen and blood-born energy substrates
(i.e., fatty acids) are lacking. In this early phase, muscle
relies on its own energy reserves, that is, muscle glycogen,
and generates energy via anaerobic pathways. After a few
minutes, blood vessels dilate, blood flow rises, and muscle
cells are provided with oxygen and blood-born substrates.
During this phase of exercise, muscle relies on aerobic energy
generation via oxidative phosphorylation, mainly from fatty
acids, but also (to a lesser extent) glucose and amino
acids.

Fatty acids are metabolized in the mitochondrial matrix
to acetyl-CoA via beta-oxidation (Figures 1 and 2). Fatty
acids are the major source of energy in man, especially
during fasting. Most tissues are able to oxidize fatty acids to
CO2 and water. In addition, liver has the capacity to syn-
thesize ketone bodies (acetoacetate and 3-hydroxybutyrate
from acetyl-CoA), which serve as an important fuel for
extrahepatic organs, especially the brain, during catabolism.
A rate-limiting step in mitochondrial fatty acid oxida-
tion is the carnitine-palmitoyltransferase 1 (CPT1) reac-
tion [3]. Adequate glucose supply, conversion of acetyl-
CoA to malonyl-CoA by acetyl-CoA carboxylase, and the
concomitant inhibition of CPT1 reduce long-chain fatty
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Figure 1: Mitochondrial biochemical pathways involved in energy production: including fatty acid oxidation, the respiratory chain, and
TCA-cycle (Krebs-cycle) CPT1: Carnitine-Palmitoyltransferase 1; CPT2: Carnitine-Palmitoyltransferase 2; CAT: Carnitine-/Acylcarnitine-
Transferase; LC: Long-chain; TCA: Tricarboxylic acid cycle.

acid uptake and oxidation (Figure 2). Although these effects
have primarily been shown in liver and heart, there is
also evidence for a regulatory function of malonyl-CoA in
skeletal muscle [4]. Malonyl-CoA levels decrease when the
muscle is fuel-deprived or energy consumption is increased
during contraction. Long-chain fatty acids cannot freely
cross the inner mitochondrial membrane and are shuttled via
the carnitine system; acyl-CoA molecules are first coupled
to carnitine, catalysed by carnitine-palmitoyltransferase I
(CPT 1), and the acylcarnitine complex then crosses the
highly impermeable inner mitochondrial membrane. In the
mitochondrial matrix space, acylcarnitines are reconverted
to acyl-CoA via carnitine-palmitoyltransferase 2 (CPT2)
(Figure 1) and subsequently enter beta-oxidation [5]. Acetyl-
CoA derived from beta-oxidation, amino acid-, or glucose-
metabolism is channelled into the citric acid cycle. In
the citric acid cycle, redox equivalents (FADH2, NADH)
are produced which are substrates of the mitochondrial
respiratory chain (Figures 1 and 2). Electrons released from
these redox equivalents enter the respiratory chain and are
finally transferred to oxygen. Electron transport is linked to
the build-up of an electrochemical proton gradient across
the inner mitochondrial membrane [6]. The electrochemical
gradient can be used to synthesize ATP via the mitochondrial
ATPsynthase (complex V) or drive transmembrane transport
processes directly.

Creatine is phosphorylated by creatinekinase to cre-
atinephosphate (CP) which can be used as an “energy buffer”
and is split to ATP via reversal of the creatinekinase-reaction.
CP-stores in muscle are only a short-term “energy buffer”
and are used-up within the first 30 seconds of exercise.

As mentioned above, energy demand is highly variable
in muscle. Energy supply has to be commensurated with
energy demand; therefore energy demand is highly regulated.

Calcium (which mediates mechanical muscle contraction)
serves as an important regulatory element of metabolism.
Regulation of energy metabolism can occur at several levels.

(1) The key enzyme in aerobic mitochondrial energy
production via oxidative phosphorylation is ATPsyn-
thase (complex V). Classically, it was believed that
ATPsynthase is regulated passively by its substrate
ADP; mechanical activation of muscle results in
breakdown of ATP to ADP, hence higher substrate
saturation of the ATPsynthase and increased flux. We
and others have shown in various tissues that the
ATPsynthase is actively regulated [7–11], probably
via the calcium binding inhibitor protein (CaBI)
[12]. This regulatory protein dissociates from the
ATPsynthase in response to elevated intramitochon-
drial calcium concentration during contraction, thus
leading to desinhibition of the ATPsynthase, hence
higher flux. In animal models, we have previously
shown that this regulation breaks down under differ-
ent pathophysiological conditions [7, 8, 13–16].

(2) Similarly to ATPsynthase, enzymes of the citric acid
cycle have been shown to be upregulated in response
to increased intramitochondrial calcium levels [17,
18]. Thus, intramitochondrial concentrations of
redox equivalents (NADH, FADH2) as substrates
of the mitochondrial respiratory chain rise in con-
cert with the activity of mitochondrial ATPsynthase
(cf. 1).

(3) Pyruvatedehyrogenase occurs in a nonphosphory-
lated (active) and a phosphorylated (inactive) form.
It is regulated by calcium [19]: muscle contrac-
tion is accompanied by increased muscle calcium
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concentrations which favours the nonphosphory-
lated form of pyruvatedehydrogenase by activating
pyruvatedehydrogenase-phosphorylase and inhibit-
ing kinase [20]. During exercise, muscle glycogenol-
ysis leads to increased production of pyruvate.
Pyruvate as the substrate of pyruvatedehydrogenase
may subsequently lead to higher substrate saturation,
hence higher flux. However, this mechanism is only
of minor importance in human skeletal muscle in
vivo [20].

Nitric oxide (NO) and its derivatives inhibit mitochon-
drial respiration by a variety of means. NO can inhibit
mitochondrial cytochrome c-oxidase (complex IV) of the
respiratory chain by reversibly competing with oxygen for
the binding site. Higher concentrations of NO have been
shown to uncouple mitochondria, inhibit complex I, and
lead to permeability transition [21, 22]. Mitochondrial NO
synthase may be of particular importance in this context
as it is regulated by the mitochondrial membrane potential
with reduced membrane potential leading to NO synthase
inhibition [23, 24].

Specialized skeletal muscle fibres exist: red muscle fibres
are rich in mitochondria and are used for slow and long-
lasting contractions (endurance) while white muscle fibres
predominantly rely on anaerobic glycolysis and can be found
in ‘fast and short twitch’ muscle.

In contrast to skeletal muscle, energy metabolism in heart
muscle is almost exclusively aerobic under physiological
circumstances. Fatty acids are the main source of energy in
the heart: under normal conditions up to 70% of the energy
requirement of the heart is provided by fatty acid oxidation,
which may be even higher under certain conditions. The
regulatory elements described above for skeletal muscle are
operative in cardiac muscle as well.

3. General Diagnostic Tools in
Metabolic Myopathies

Here we give a general overview of diagnostic procedures
which may be useful in the workup of metabolic myopathies.
For more specific methods the reader is referred to the special
disease section.

At the metabolite level, elevated lactate concentrations in
blood and/or urine may be a clue to impaired aerobic energy
metabolism (oxidative phosphorylation) and (compensato-
rily) increased rates of anaerobic glycolysis with lactate as
the end product (Pasteur-effect). The lactate/pyruvate ratio
in blood reflects the cytosolic NADH/NAD-ratio and may
therefore be elevated when aerobic energy metabolism is
compromised (e.g., defects of respiratory chain enzymes).
The ketone-body ratio (β-hydroxybutyrate/acetoacetate,
βHOB/AcAc) reflects the intramitochondrial NADH/NAD-
ratio and may be elevated under certain conditions of
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compromised aerobic energy production (e.g., respiratory
chain defects) as well. Impaired oxidative phosphorylation
may also be accompanied by elevated excretion of citric
acid cycle intermediates (e.g., aconitate, succinate) which
can be determined by analysing organic acids in spot-urine.
Dicarboxylic acid excretion in urine is a metabolic hallmark
both of defects in mitochondrial fatty acid oxidation and
respiratory chain enzymes (leading to secondary inhibition
of fatty acid oxidation). This finding might also be the result
of a diet rich in medium chain triglycerides (MCT enriched
diet as used in preterm infants and cholestatic hepatopathy).

Acylcarnitine profiles measured from dried blood spots
using the tandem-mass spectrometry technique (tandem-
MS) may be indicative of fatty acid oxidation disorders. They
are now integrative part of the routine newborn screening
programme in many countries as a strategy of primary
prevention.

A lactate-ischaemia test may be indicated when glyco-
gen storage diseases of muscle are suspected. In healthy
individuals, forearm exercise leads to a rapid increase in
lactate levels, paralleled by an increase in blood ammonia
concentrations. In glycogen storage disease type V there
is no or only attenuated lactate elevation in response to
testing, while ammonia production is increased [25]. The
nonischaemic forearm exercise test has been found to be less
specific and sensitive and is therefore not recommended [26].

For morphological studies of muscle, ultrasound scans,
MRI, and biopsy with subsequent histological work-up
(including staining) as well as electron microscopy can be
used. Traditionally, freeze clamping of percutaneous needle
biopsy material has been used to biochemically study muscle
energy metabolism. This method has limitations as far as
stability of biochemical compounds and repetitive sampling
in order to calculate kinetics are concerned.

31-phosphorous (31P) magnetic resonance spectroscopy
(MRS) is an elegant, noninvasive method to judge energy
metabolism in vivo [27]. Several peaks corresponding
to creatinephosphate (CP), inorganic phosphate, the 3
phosphate groups of ATP, and phosphomonesters can be
observed. Kinetic studies using this technique may reveal
delayed recovery of phosphocreatine [28, 29]. Recently, the
use of 13C-labeled substrates has been advocated to assess
mitochondrial metabolism [30].

Another noninvasive technique to assess metabolic func-
tion in muscle is positron emission tomography (PET) with
glucose as substrate [31]. 18F-Deoxyglucose is commonly
used as a marker of glucose metabolism. By comparing
glucose metabolism after exercise with reference values,
abnormalities may be detected in patients with defects in
energy metabolism.

4. Inborn Errors of Energy
Metabolism in Muscle

4.1. Disturbance of Glycogen Metabolism

(Glycogen Storage Diseases)

4.1.1. General Aspects. In this section, we deal with defects of
glycogen metabolism. Glycogen storage disease type II—also

known as Pompe disease—can lead to dysfunction of skeletal
and cardiac muscle. As this disease involves lysosomal storage
of glycogen but no abnormality in the biochemical pathways
leading to energy generation, we shall not deal with this
disease in detail. On the other hand, glycogen storage disease
type VII is caused by a defect in the glycolytic pathway,
with secondary storage of glycogen. As energy metabolism
is compromised in this disease we shall describe this entity in
detail below.

4.1.2. Glycogen Storage Disease Type III

(M. Cori-Forbes; Deficiency of Amylo-1,6-Glucosidase;

Debranching Enzyme)

Pathogenesis. Glycogen storage disease type III (GSD III;
OMIM 232400) is also known as Cori disease, Forbes disease,
and limit dextrinosis. The symptoms associated with GSD
III were first described in 1952 by Illingworth and Cori and
were studied clinically by Forbes, hence the eponyms for
this disorder. It is an autosomal recessive disease affecting
glycogen metabolism. The overall incidence of this disease is
approximately 1 : 100,000 live births in the USA. However,
in other populations GSD III may occur with a higher
frequency; for example, in the Faroe Islands a prevalence of
1 : 3,600 has been estimated [32].

GSD III is caused by deficiency of the glycogen
debranching enzyme amylo-1,6-glucosidase, 4-alpha-
glucanotransferase (AGL). It degrades glycogen branches
releasing glucose in a two-step reaction. Debranching
enzyme has two independent catalytic activities: oligo-1,4-
1,4-glucantransferase and amylo-1,6-glucosidase, localised
in two distinct protein regions. Patients with debrancher
deficiency are classified into four types: IIIa: lack of both
glucosidase and transferase activity in liver and muscle;
IIIb: lack of both activities in liver only; IIIc: selective loss
of glucosidase activity; and IIId: selective loss of transferase
activity [33–35].

Most GSD III patients (about 85%) have AGL deficiency,
expressed in both liver and muscle (type IIIa), but some
only in liver but not muscle (type IIIb). Differences in
tissue expression of the deficient enzyme have been described
(immunoreactive material and enzyme activity) [34].

Debranching enzyme is encoded by the 85-kb AGL
gene on chromosome 1p21. Genetic screening led to the
observation that GSD IIIb patients had mutations in exon
3, whereas GSD IIIa patients had downstream mutations. To
date, no common mutation has been described among GSD
III patients, except for three alleles, two linked specifically
with GSD IIIb, and the third found only in North African
Jews with GSD IIIa.

Clinical Features. Clinically, patients with GSD III present
in infancy or early childhood with hepatomegaly, hypogly-
caemia, and growth retardation. Initially, the clinical picture
may be quite similar to GSD I, however biochemically lactate
and uric acid concentrations are usually normal in GSD III,
and ketone bodies can be found in hypoglycaemia. During
puberty and early adulthood, symptoms seem to regress
and most patients have only minimal signs of hepatopathy
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[36, 37]. There is, however, a risk for cirrhosis and in rare
cases even hepatocellular carcinoma may develop in the
long run [38]. Muscle weakness in those with GSD IIIa is
usually minimal in childhood but can become more severe in
adulthood; however the clinical course of myopathy is highly
variable [39, 40]. The cause of muscle damage is not clear.
Lactate—which could be used as an alternative fuel during
exercise—does not increase in GSD IIIa patients (David
Weinstein, personal communication) which may explain
muscle damage.

The predominant myopathic symptoms in adults are
distal weakness (affecting mostly calves and peroneal mus-
cles) and proximal weakness of variable degree with a slow
disease progression [40]. Back pain and fatigue may be
present. Exercise-induced myoglobinuria is common beyond
childhood. Many patients show elevated serum creatine
kinase levels. Neuropathy may occur due to glycogen storage
in Schwann cells and axons which clinically manifests as
polyneuropathy [41].

Osteoporosis is another common symptom in GSD IIIa
affecting nearly all patients. Its etiology is multifactorial [42].

Some patients have severe cardiac hypertrophy leading to
compromised heart function and even death. Also dilatative
cardiomyopathy of the left ventricle was described in anec-
dotal cases [43]. Heart disease may manifest as ventricular
tachycardia as well [44]. Most patients with GSD IIIa do not
develop symptoms of cardiomyopathy [45].

Diagnosis. For an accurate diagnosis, biochemical tests with
glycogen quantitation and determination of amylo-1,6-
glucosidase activity in a liver biopsy specimen or erythrocytes
are required. Mutation analysis of the AGL gene may be
helpful in some cases [46, 47] and has been advocated as a
screening test using a commercially available test kit [48].
In our opinion, primary screening by mutation analysis
is inappropriate. A molecular diagnostic scheme has been
proposed to diagnose GSD III noninvasively.

Most of the mutations (more than 30 are known) are
nonsense mutations caused by a nucleotide substitution
or small insertion or deletion. Some important genotype-
phenotype correlations have emerged. In particular a specific
correlation of exon 3 mutations (17delAG and Q6X) with
GSD IIIb has been observed. Three other mutations seem
to have some phenotype correlation. Prenatal diagnosis is
possible at enzymatic and genetic level [46].

Therapy. Curative therapy is not available for debranching
enzyme deficiency. In order to avoid fasting hypoglycaemia
in infancy, dietary measures have been proposed. Frequent
daytime high protein feedings (45% carbohydrate, 25%
protein, 30% fat) and supplementation of uncooked corn
starch before sleep proved to be effective in young patients
with regard to metabolic control (hypoglycaemia) and
growth retardation.

Effects of dietary measures on myopathic symptoms in
adults are less well established even though there are reports
of improvement in patients following a high-protein diet. In
GSD III, gluconeogenesis is intact and protein may be used as
a precursor for glucose. Over-treatment with cornstarch can

cause deposition of glycogen, which cannot be broken down,
leading to accumulation.

In patients with cardiomyopathy, symptomatic pharma-
cological treatment is mostly used. A diet providing 30% of
energy from protein and avoidance of over-treatment with
carbohydrate could be found to stabilize and even reverse
cardiomyopathy [49].

4.1.3. Glycogen Storage Disease Type V (McArdle Disease;

Deficiency of Muscle Phosphorylase)

Pathophysiology. Myophosphorylase activity is deficient in
McArdle disease (OMIM 232600); the disorder is inherited
as an autosomal recessive trait. The myophosphorylase gene
is located on chromosome 11q13 and spans 20 exons [50].
The most common mutation in Northern Europe and North
America is the nonsense mutation at R50X, previously
referred to as R49X [51, 52]. Genotype-phenotype corre-
lation is poor, modifying genes as angiotensin converting
enzyme or actin 3 genes may play a role [53–55].

As a consequence of myophosphorylase deficiency, the
contracting muscle is not able to mobilize adequate amounts
of muscle glycogen during the initial anaerobic phase of
exercise. This leads to an energy deficit which cannot be
covered by creatinephosphate stores. During the aerobic
phase of exercise, blood-born substrates like fatty acids
and amino acids as well as glucose can be used as energy
substrates. However, the capacity of the tricarboxylic acid
cycle (TCA- or Krebs-cycle) is compromised as well. This
is due to the lack of pyruvate which is normally generated
from glucose via glycolysis and has an anaplerotic effect
on the TCA-cycle via oxaloacetate. We could show adaptive
processes at the level of mitochondrial ATPsynthase in a
patient with McArdle disease (poster presentation at the 4th
World Muscle society Congress 1999: Das AM, Kohlschütter
A; Upregulation of mitochondrial respiratory chain enzymes
in GSD V).

Clinical Features. Symptoms typically begin in the second
to third decade of life. As first reported by McArdle in
1951, patients typically suffer from exercise-induced muscle
pain, cramps, and fatigue [56]. These symptoms are most
pronounced during the first few minutes of exercise (anaer-
obic phase) and may be accompanied by rhabdomyolysis
leading to myoglobinuria with burgundy discoloration of
urine. Acute renal failure secondary to myoglobinuria has
been reported in a few patients. After blood supply to the
exercising muscle has increased, symptoms disappear as
energy supply is reinstored; this phenomenon is known as
“second wind”. Most patients with McArdle disease learn
to cope with their problems by resting until muscle pain
subsides and resuming activity as soon as the aerobic
phase sets in (oxidizing fatty acids and other blood-born
substrates).

A less common manifestation of McArdle disease is
permanent muscle weakness. This kind of symptom usually
occurs later in life. Some patients may have proximal and
symmetric weakness while others have asymmetric weakness
mimicking facio-scapulohumeral dystrophy (FSHD) [57].
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Diagnosis. Plasma creatinekinase activity is usually elevated
at rest and rises in response to muscular activity. Patients fail
to produce lactate during the ischaemic forearm test while
ammonia concentration increases. Inosine, hypoxanthine,
and uric acid also increase reflecting accelerated recycling
of purine nucleotides in the face of insufficient ATP-
production.

Muscle biopsy specimen usually shows subsarcolem-
mal and intermyofibrillar vacuoles filled with glycogen.
Ultrastructurally, there are deposits of normal-looking free
glycogen particles and occasional alterations of sarcoplasmic
reticulum and mitochondria. Staining for phosphorylase is
negative in muscle fibres whereas smooth muscle of blood
vessels stains normally.

Biochemically, reduced activity of phosphorylase may
be found by enzymatic assays. Diagnosis may be further
corroborated by mutation analysis (see above). This allows
definitive prenatal testing where appropriate.

Lack of lactate formation may lead to absent acid-
ification of myoplasm as judged by 31P-MRS [58]. The
phosphocreatine/ATP-ratio is usually elevated at rest, phos-
phocreatine depletion during exercise is larger than normal,
and recovery rate of phosphocreatine after exercise is slower
[58, 59]. Changes in T2-relaxation are often absent in
exercising muscle from McArdle patients [60]. EMG is
usually unrevealing between acute attacks.

Treatment. Both pharmacological and dietary interventions
have been tried in order to improve exercise intolerance.
Therapy of McArdle disease was subject of a recent Cochrane
review [61]. 24 studies were reviewed; 12 of these fulfilled the
criteria for inclusion. High protein, high carbohydrate, and
high fat diets as well as ketogenic diet have been tried without
significant effects. Furthermore, glucagon administration,
verapamil, ACE-inhibitors, sodium dantrolene, gentamicin,
vitamin B6, and creatine have been tested. Low-dose creatine
may have a modest benefit in some patients [62] while
higher-doses may lead to deterioration [63]. All other
interventions did not have any benefit. The Cochrane review
concludes that none of the tested pharmacological or dietary
interventions can be recommended.

4.1.4. Glycogen Storage Disease Type VII (Tarui Disease;

Deficiency of Muscle Phosphofructokinase)

Pathophysiology. Tarui disease (GSD VII; OMIM 232800) is
caused by deficiency of muscle phosphofructokinase. It is
inherited as an autosomal-recessive trait (gene map locus of
muscle phosphofructokinase PFKM 12q13.3).

Phosphofructokinase is a tetrameric enzyme derived
from 3 distinct genetic loci that code for muscle, liver, and
platelet isoforms. Mammalian PFK is a tetramer made up
of various combinations of 3 subunits: muscle (PFKM), liver
(PFKL), and platelet (PFKP), the genes for which are located
on chromosomes 12q13, 21q22, and 10p, respectively. The
composition of the tetramers differs according to the tissue
type. Muscle and liver PFK are homotetramers of 4 M and
4 L subunits, respectively. Erythrocytes contain both L and
M subunits.

The muscle phosphofructokinase gene is located on
chromosome 12 and about 20 mutations have been described
[64, 65]. Phosphofructokinase is not involved in glycogen
metabolism but is a glycolytic enzyme. The PFKM gene
encodes the muscle isoform of phosphofructokinase (PFK)
(ATP:D-fructose-6-phosphate-1-phosphotransferase). PFK
catalyzes the irreversible conversion of fructose-6-phosphate
to fructose-1,6-bisphosphate and is a key regulatory enzyme
in glycolysis.

Tarui disease has a relatively high prevalence in Japanese
people; in the western hemisphere it is prevalent in patients
of Jewish-Russian extraction.

If the muscle isoenzyme of phosphofructokinase (PFKM)
is deficient, not only is glycolysis in muscle affected but
also glycolysis in erythrocytes is reduced to about 50%
(as the liver isoenzyme is fully active). As erythrocytes
have no mitochondria, this relatively mild reduction of
glycolytic flux can critically reduce energy supply resulting in
haemolysis.

Clinical Features. Clinical symptoms are very similar to
McArdle disease with exercise-induced pain, muscle cramps,
and fatigue. As in McArdle disease the initial anaerobic
phase of exercise is affected when the muscle has to rely
on anaerobic glycolysis which is defective in Tarui disease.
The resulting energy shortage leads to the clinical symptoms
as first described by Tarui et al. in 1965 [66]. There are
some features which may differentiate McArdle disease
from Tarui disease: in Tarui disease, symptoms are more
severe and often already present during childhood, often
accompanied by nausea and vomiting as well as compensated
haemolytic anaemia, hyperuricaemia, and an abnormal
polysaccharide which is periodic acid-Schiff positive. This
polysaccharide has a fine fibrillar appearance resembling
amylopectine.

After carbohydrate-rich meals, exercise intolerance is
often exacerbated. The pathophysiological basis for this
observation is probably the inability of muscle to use
glucose (anaerobically and aerobically) on one hand and
hyperinsulinism caused by hyperglycaemia with subsequent
lowering of fatty acids as energy substrates for muscle on the
other hand.

As in McArdle disease, there are variant forms of the
disease. One variant leads to muscle weakness in later adult
life while the other leads to hypotonia during infancy with
subsequent progressive myopathy leading to early death in
younger children.

Diagnosis. As in glycogen storage disease type V the
ischaemic forearm test has a pathologic result with insuffi-
cient lactate production accompanied by a rise in ammonia
levels.

Histochemical and biochemical demonstration of the
enzyme defect proves the suspected diagnosis. Mutation
analysis may be added for further confirmation.

31P-MRS shows increased phosphocreatine/ATP ratio in
resting muscle, ATP depletion, larger than normal phospho-
creatine depletion during exercise with slow recovery rate
and absence of myoplasmic acidification [67, 68].
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Therapy. There is no specific therapy for this condition.
Most patients try to avoid strenuous exercise, by slowing
down speed or pausing after onset of symptoms. Pain and
fatigue can be reduced, after adequate blood (and fatty acid)
supply sets in. Physical activity may be resumed without
problems after a short break.

4.2. Disturbance of Fatty Acid Oxidation

4.2.1. General Aspects

General Aspects of Pathophysiology in FAO Disorders (FAODs).
Mitochondrial fatty acid oxidation represents an important
pathway for energy supply in skeletal muscle during both
quiescence and periods of physical exercise. Cardiac muscle
preferentially oxidizes fatty acids for energy generation and
may have a limited ability to rely completely on glucose
during periods of stress [4, 69].

Among metabolic myopathies, long-chain mitochon-
drial fatty acid oxidation defects (FAODs) are probably
the most difficult to identify due to the episodic charac-
ter of clinical and biochemical abnormalities which may
completely disappear during anabolism. The pathway of
fatty acid beta-oxidation includes at least 25 enzymes
and specific transport proteins. Deficiencies in more than
50 percent of these enzymes are known to cause dis-
ease in humans. Apart from overall energy deficit in
the muscle toxic (lipophilic) compounds resulting from
compromised fatty acid oxidation, such as long-chain-
acylcarnitines, CoA-esters, or their free long-chain fatty acids
may play a role in the pathogenesis of clinical manifesta-
tions.

In this section we will focus on the following more
common disorders: Carnitinepalmitoyltransferase 2 (CPT2),
mitochondrial trifunctional protein (MTP), very-long-
chain-acyl-CoA dehydrogenase (VLCAD), multiple acyl-
CoA (MAD), as well as primary carnitine/carnitine trans-
porter-deficiency (CTD).

General Clinical Aspects of Long-Chain FAOD. In disorders
of long-chain fatty acid oxidation, clinical symptoms are
usually triggered by common infections, prolonged exercise,
and exposure to cold and prolonged fasting (catabolism).
In long-chain FAOD, the phenotype ranges from benign
forms with isolated skeletal muscle involvement to severe
phenotypes leading to early death as has been initially
described in patients with carnitine palmitoyltransferase 2
(CPT2) deficiency [70–72].

Newborns and infants commonly present with a mul-
tisystemic manifestation (including liver, muscle, and brain
involvement) often triggered by physiological catabolism
soon after birth, whereas onset later in life usually presents
with exercise intolerance, muscle weakness, and sometimes
myoglobinuria during metabolic decompensation. Myo-
globinuria may result in acute renal failure if fluid intake is
restricted. Long-chain FAOD-associated myopathies of the
more chronic type manifest predominately during aerobic
endurance-type activity or under metabolically stressful
conditions. In contrast to patients with glycogen storage

diseases of muscle, patients suffering from FAOD do not
experience a “second-wind” phenomenon.

General Diagnostic Procedures in FAOD. The diagnosis is
based on detecting the accumulation of specific biochemical
markers such as acylcarnitine metabolites in blood, dicar-
boxylic acids, and acylglycines in urine by routine newborn-
or selective screening.

Medium- and long-chain fatty acid oxidation defects
have been included in the routine neonatal screening pro-
gram, for example, by the German screening commission.
Newborn screening for FAOD promises to identify many
affected patients before the onset of symptoms or in the
early phase of metabolic decompensation. Physiological
catabolism in the first days of life is helpful in demasking
biochemical abnormalities at metabolite level. Confirmation
of suspected mitochondrial fatty acid oxidation defects based
on an initial abnormal newborn- or selective metabolic-
screening by tandem mass spectrometry should include
enzyme and whenever possible molecular analyses. Biochem-
ical testing of urine (organic acids) may be unrevealing.
Patients who are not aware of their defect could be easily at
risk of decompensation when exposed to different triggers,
that is, prolonged fasting, fever, or strenuous physical
exercise. Therefore, neonates (and older patients) suspected
to suffer from an FAOD should receive special monitoring
and follow an emergency regime until the metabolic defect is
excluded.

Pathologic findings in muscle biopsies are most often
nonspecific. Moderate lipid storage is present in only some
cases.

Of particular importance is the possibility of secondary
respiratory chain dysfunction in patients with FAO defects
or vice versa [73].

Diagnostic procedures in long-chain FAO disorders have
recently been summarized based on the results of a consensus
workshop [74].

Specific diagnostic options are mentioned in more detail
below, where appropriate.

General Treatment Principles of FAOD. Evidence-based treat-
ment recommendations for long-chain FAO defects are
not available [75]. However, at national/multinational levels
consensus protocols exist [76]. Current management of
patients with long chain fatty acid oxidation defects includes
long-term dietary therapy including avoidance of fasting, low
fat diet with the restriction of long-chain fatty acid intake,
and substitution with medium chain fatty acids. The long-
term outcome of patients treated by dietary modification
remains unknown [74, 76]. Dietary long-chain fat restriction
depends on the severity of the underlying enzyme defect.

Episodic muscular symptoms such as rhabdomyolysis
are pathogenetically attributed to energy deficiency, and
symptoms are reversed or may be prevented by sufficient
energy supply in the form of carbohydrates or MCT [77].
The incidence of overweight and obesity is increasing among
children with long-chain FAOD. A diet higher in protein and
lower in carbohydrate may help to lower total energy intake
while maintaining good metabolic control [78].
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In the past, supplementation with carnitine was pro-
posed in fatty acid oxidation defects for detoxification of
accumulating long-chain acyl-CoA esters. Actually, carnitine
supplementation in long-chain FAOD is not recommended
[74].

Further therapeutic options have anecdotally been de-
scribed in single cases: Triheptanoin (seven-carbon medium
chain fatty acid) supplementation could show an improve-
ment of cardiac and muscular symptoms in patients suffering
from long-chain fatty acid oxidation disorders [79]. PPAR-
alpha agonists (like fibrates) stimulated mitochondrial fatty
acid oxidation in vivo in both liver and muscle and
might be a therapeutic option in inborn errors of FAO
[80–82].

D,L-3-hydroxybutyrate could be a therapeutic option for
cerebral and cardiac complications in severe FAO [83].

Disease-specific therapeutic options are discussed below.

4.2.2. Carnitine Palmitoyltransferase 2 (CPT2) Deficiency

Pathophysiology. CPT2 is located at the inner aspect of the
inner mitochondrial membrane catalyzing the conversion
of long-chain acyl-carnitines to acyl-CoA esters. CPT2
deficiency (OMIM 600650) is inherited as an autosomal
recessive trait resulting in the accumulation of long-chain
acylcarnitines. The gene is located on chromosome 1p32
[84]. There are three phenotypes of CPT2 deficiency: the
“classic muscular form” (OMIM 255110) is most frequent
and shows onset in childhood or adulthood with exercise-
induced muscle weakness and rhabdomyolysis. CK levels
are found to be elevated during symptomatic periods, and
carnitine levels are usually normal [70]. The prevalent
c.338C>T (p.Ser113Leu) mutation is found in about 60%–
75% of mutant alleles [85]. This CPT2 mutation is ther-
molabile resulting in the degradation of the protein during
fever or muscular exercise accompanied by elevated body
temperature [86].

Clinical Features. A “severe neonatal form” (OMIM 608836)
presents in the newborn period with nonketotic hypo-
glycemia, cardiomyopathy, muscle weakness, and renal dys-
genesis in some patients [87]. Most of these patients die
within days after birth [88]. The “infantile multisystemic
phenotype” (OMIM 600649) is often fatal in the period
from 3 to 18 months of age. It presents with seizures,
hepatomegaly, nonketotic hypoglycemia, cardiomyopathy,
and muscle weakness. Plasma free carnitine levels are low and
long-chain acylcarnitines high [89]. These different clinical
presentations appear to be correlated with different residual
CPT2- and overall long-chain FAO-capacity [90].

Muscle CPT2 deficiency clinically manifests in patients
harboring only a single heterozygous mutation [91]. Com-
pound heterozygosity for a mild and a severe mutation can
be associated with either the mild muscle or the severe multi-
systemic infantile form [92]. Several homozygous mutations
have been reported, associated with either a prominent
skeletal muscle involvement or with a severe generalized
phenotype [93, 94]. Severe and intermediate phenotypes
were found to correlate with biochemical indices and

genetic analysis. Milder phenotypes suggest little evidence for
genotype-phenotype correlation [86].

The presence of only one severe mutation (the other
being a milder one) in a CPT2 deficient patient might be
sufficient to lead to life-threatening events [92]. Severely
compromised long-chain fatty acid oxidation may point to
a more severe course [90, 95].

4.2.3. The Mitochondrial Trifunctional Protein

(MTP) Deficiency

Pathophysiology. MTP is an enzyme complex involved in the
beta-oxidation of fatty acids with chain lengths of C12 to
C18. It catalyzes three reactions in the oxidation of long
chain fatty acids and consists of the following enzymes:
3-hydroxyacyl-CoA dehydrogenase (LCHAD), 2-enoyl-CoA
hydratase, and 3-ketoacyl-CoA thiolase.

MTP is a hetero-octamer of 4 alpha- (OMIM 600890;
with LCHAD and 2-enoyl-CoA hydratase activities) and 4
beta-subunits (OMIM 143450; with 3-ketoacyl-CoA thiolase
activity). The alpha- and beta-subunits are encoded by
different nuclear genes, consisting of 20 and 16 exons,
respectively. Both are located on chromosome 2p23 [96].

A deficiency in this heteromeric complex (OMIM
609015) was first described in 1992 [97]. In contrast to
the large number of isolated LCHAD-deficient patients
(OMIM 609016), only few MTP alpha- and beta-subunit-
deficient patients were published [98]. Molecular studies
in MTP-deficient patients show a wide range of “pri-
vate” mutations in both the alpha- and beta-subunit, in
contrast to the common 1528 G>C mutation (E474Q)
in LCHAD deficiency. Thiolase expression levels and the
different rates of thiolase degradation as a result of
either alpha- or beta-subunit mutations were found to
correlate well with the severity of clinical manifestations
[96].

The biochemical hallmarks of this disorder are the
accumulation of long-chain 3-hydroxyacylcarnitines and free
fatty acids in blood as well as dicarboxylic acids in urine.

Clinical Features. These long-chain FAO defects have vari-
able presentations. They may present in the neonate or
infant with sudden death, hepatopathy (Reye-like dis-
ease), hypoketotic hypoglycaemia, rhabdomyolysis, myopa-
thy, cardiomyopathy, and capillary leak syndrome often
associated with lung oedema. Late complications such
as peripheral neuropathy, pigmentary retinopathy, retinal
degeneration, and progressive visual loss occur [97–100].
The clinical spectrum in MTP-deficiency seems to be
broader than in isolated LCHAD-deficiency, usually with
a first manifestation earlier in life with a lethal out-
come.

Three phenotypes have been reported in patients with
alpha- or beta-subunit mutations: a “lethal form” with
predominating cardiac involvement, an “infancy-onset” hep-
atic presentation, and a milder “late-onset” neuromyopathic
form [96]. The main features of the neuromyopathic form
with late-onset are progressive peripheral neuropathy and
episodic, often exercise-induced myoglobinuria.
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4.2.4. Very Long-Chain Acyl-CoA Dehydrogenase

(VLCAD) Deficiency

Pathophysiology. VLCAD is bound to the inner mitochon-
drial membrane and catalyses the first step of the long-chain
fatty acid beta oxidation spiral [101]. VLCAD deficiency
(OMIM 201475) is inherited as an autosomal recessive trait
(gene map locus 17p13).

Clinical Features. According to the age of onset, three phe-
notypes have been described [102–105]: a severe “infantile
form” presenting in the neonatal period with hypertrophic
cardiomyopathy and liver failure, a “childhood-onset” type
with hypoketotic hypoglycaemia, and a “juvenile or adult-
onset” muscular form characterized by recurrent episodes
of rhabdomyolysis triggered by prolonged exercise or fasting
(similar to CPT2 deficiency).

A clear genotype-phenotype correlation could be found
[102]: patients with the severe childhood phenotype have
mutations that result in absence of enzyme activity, whereas
patients with the milder childhood and adult (myopathic)
phenotypes have mutations that result in residual enzyme
activity. However, a recent report of life-threatening disease
with cardiomyopathy and hypoketotic hypoglycaemia in
a previously healthy 32-year-old woman underscores the
potential risk of severe complications, even in adults [106].

The milder form of VLCAD deficiency is increasingly
recognised due to the more wide-spread use of tandem mass
spectrometry, allowing the (presymptomatic) detection of
abnormal long-chain acylcarnitines in blood samples during
neonatal screening [107]. Some neonates show biochemical
abnormalities in routine screening but do not suffer from
clinical disease. For this, the term “Non-disease” (which is
poorly defined as a condition where late-onset disease is
possible) has been coined. Clinical observation of patients
with late-onset presentation of VLCAD deficiency is scarce
[106, 108–117].

4.2.5. Multiple Acyl-CoA Dehydrogenase Deficiency

(MADD; Also Glutaric Aciduria Type II, GA II)

Pathophysiology. This is an autosomal recessively inherited
disorder of fatty acid, amino acid, and choline metabolism.
In multiple acyl-CoA dehydrogenase deficiency (MADD,
OMIM 231680) large excretion not only of glutaric acid but
also of lactic, ethylmalonic, butyric, isobutyric, 2-methyl-
butyric, and isovaleric acids in urine occurs. MADD results
from deficiency of one of three molecules: the alpha (ETFA)
and beta (ETFB) subunits of electron transfer flavoprotein
(ETF), and electron transfer flavoprotein dehydrogenase
(ETFDH), gene map locus 15q23-q25, 19q13.3, and 4q32-
qter.

Clinical Features. The clinical picture of MADD due to
the different defects appears to be similar. The most
severely affected patients have congenital anomalies and
die in the newborn period; other patients have hypogly-
caemia, encephalopathy, muscle weakness, or cardiomyopa-
thy. Mildly affected patients present with muscle weakness

only [118]. Some patients present with respiratory dysfunc-
tion [119]. Each of the single enzyme defects can lead to a
mild or severe course, depending presumably on the location
and nature of the intragenic lesion. Therefore, mutations can
result in dysfunction of electron transfer flavoprotein (ETF)
or ETF-ubiquinone oxidoreductase (ETF-QO). It results
in secondary deficiencies of a variety of FAD-dependent
enzymes, including glutaryl-CoA dehydrogenase, as well as
acyl-CoA dehydrogenases from FAO and branched-chain
amino acid metabolism [120].

Mutations in ETFDH, encoding ETF-QO, have been
associated with both riboflavin-responsive and nonrespon-
sive MADD as well as a myopathic form of CoQ 10 deficiency
[121]. Pathomechanisms responsible for these different
phenotypes are not well defined [122, 123]. As with VLCAD
deficiency, there is a relationship between ETF/ETFDH
genotype and phenotype in patients with MADD.

In MADD early diagnosis is essential as some patients
respond to pharmacological doses of riboflavin. It has
recently been shown that rapid diagnosis of MADD via
newborn screening using tandem-MS is possible. Only in
some of these children, disease causing mutations could
be found; some were responsive to riboflavin even without
a mutation (presented as an abstract at 11th ICIEM-
congress in San Diego, 2009: Olsen et al. Multiple AcylCoA
Dehydrogenation Deficiency). Furthermore, coenzyme Q10
concentrations should be determined in patients suffering
from riboflavin responsive MADD.

Therapeutic Options in MADD. The effect of riboflavin and
coenzyme Q10 should be tested [121]. Ketone bodies like D,
L-3-hydroxybutyrate are discussed as a therapeutic option
[83].

4.2.6. Systemic Primary Carnitine Deficiency/Carnitine

Transporter Deficiency (CTD)

Pathophysiology of CTD. Carnitine is ubiquitous in nature,
especially high in muscle tissue of higher organisms, but
low in vegetables. In humans, biosynthesis takes place in
liver and kidney. To fulfil its function, intracellular carnitine
concentrations have to be rather high, especially in skeletal
muscle cells. Therefore, active carnitine transport mecha-
nisms from blood into the cell have to exist. Translocation
is mediated by the carnitine transporter, a special protein,
which is located in cell membranes. The active transport
of carnitine into tissue takes place against a concentration
gradient, permitting tissue carnitine concentrations to be 20-
to 50-fold higher than plasma levels [124]. Furthermore, this
carnitine transporter reabsorbs all carnitine from primary
urine into blood. The sequence of the 557 amino acids of the
carnitine transporter is encoded on chromosome 5q31.2-32.

In case of carnitine transporter deficiency (OMIM
212120)—inherited as an autosomal recessive trait—
carnitine is lost in considerable amounts via urine; the body
becomes depleted of carnitine. As a consequence, impaired
oxidation of long chain fatty acids leads to deficient energy
generation as well as reduced ketogenesis during fasting, and
accumulation of lipids in liver and muscle [125].
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Clinical Features of CTD. Different courses of CTD are
known. The most severe presentation can lead to sudden
infant death syndrome (SIDS) already in the neonatal
period [126]. Mean age of presentation with “Reye-like”
manifestations as hypoketotic hypoglycemic encephalopathy
is between one month and a maximum of 5 years with an
estimated median of 1.5 years [127].

The metabolic deterioration is usually triggered by
prolonged fasting, reduced oral intake, or vomiting during
viral illness. Those who survive critical illness suffer from
recurrent episodes of encephalopathy if the defect is not
diagnosed and no carnitine supplementation is given [128].
Later in life, the disorder can present with skeletal muscle
disease causing muscular hypotonia with mild motor delay.

Progressive cardiomyopathy in late infancy or early
childhood (usually between 1 and 7 years of age, median
3 years) leads to dilatative cardiomyopathy with greatly
reduced left ventricular ejection fraction, abnormal T-waves,
and signs of ventricular hypertrophy [128, 129]. Bradycardia
and atrial arrhythmias are possible [130]. Sometimes no
overt cardiomyopathy, but only mild interventricular septum
hypertrophy, does occur [130]. If no carnitine replacement is
given, progressive congestive heart failure may lead to death.
Another form of cardiac deterioration was first described in
2004. A 15-year-old girl was diagnosed with cardiac arrest
due to ventricular fibrillation without overt cardiomyopathy.
ECG showed nonsustained ventricular tachycardia with
periods of sinus rhythm and ventricular premature beats,
while echocardiography revealed normal left ventricular
dimensions and a borderline left ventricular hypertrophy
with good contractility [131].

Nicola Longo (personal communication) stated that
many of the patients who die suddenly with primary
carnitine deficiency do not have cardiomyopathy (beyond
childhood), but “only” sudden arrhythmias. The mechanism
causing the arrhythmias is subject to ongoing studies. Adult-
onset lipid storage myopathy presenting with myalgia and
muscular fatigue during prolonged exercise could be shown
to be caused by primary carnitine deficiency. Symptoms and
abnormalities in muscle biopsy improved tremendously after
four months of oral therapy with carnitine supplementation
[132].

Asymptomatic courses are known as well: Spiekerkoetter
et al. reported a 28-year-old man diagnosed with CTD, based
on a positive family history with disease manifestation in
one of his sons [133]. Four asymptomatic mothers were
discovered to have CTD when being examined for low
carnitine found by neonatal screening in blood spots of their
offspring [134].

Patients with identical mutations can have different age
of onset and different type of clinical presentation [135].
Frequency of the different courses is unknown. Many of the
adults dying from ventricular fibrillation may have suffered
from undiagnosed CTD. We are aware of at least 4 young
adults from the Faroe Islands who showed this course
(unpublished data).

Diagnostic Options in CTD. Laboratory hallmarks of CTD
are very low free plasma carnitine concentrations (lower than

10 μmol/L) and increased fractional excretion of carnitine in
urine. During decompensation, glucose and ketone bodies
are inappropriately low. Transaminases and ammonia may
be moderately elevated, and metabolic acidosis, prolonged
prothrombin time, and elevated CK do occur.

Final confirmation of the diagnosis can be done by
showing low activity of the transporter with decreased
carnitine uptake in fibroblasts. Mutation analysis can be
performed.

Therapeutic Options in CTD. The treatment of CTD is easy
and without severe adverse reaction apart from a strange
“fish-like” body odour. Carnitine is supplemented in a dose
of 50–200 mg per kg body weight and day given in at least
three portions.

4.3. Disturbance of Respiratory Chain Function

Pathophysiology. The respiratory chain is responsible for the
aerobic energy generation from different substrates like fatty
acids, glucose, and amino acids. It is integrated in the inner
mitochondrial membrane which is almost impermeable.
Electrons from the reduction equivalents NADH and FADH2

enter the respiratory chain via complex I and complex II,
respectively. Electrons then follow a potential gradient and
are finally transferred to oxygen. Flow of electrons leads
to the generation of an electrochemical proton gradient
across the inner mitochondrial membrane as protons are
pumped out of the mitochondrial matrix [6]. This gradient
can be directly used, for example, for the transport of
charged substances (e.g., ATP-ADP exchange). On the other
hand it can be used to drive the ATPsynthase (complex V)
reaction which dissipates the proton gradient across the inner
mitochondrial membrane. The mitochondrial ATPsynthase
has been shown to be actively regulated both in heart [136]
and in skeletal muscle [137].

The mitochondrial genome consists of 16,569 base pairs
(http://www.mitomap.org/MITOMAP). Mitochondria have
their own mitochondrial DNA. Some 80 mitochondrial
proteins are present in the mitochondrium, 13 of these are
encoded on the mitochondrial DNA. Some subunits from
complexes I, III, IV, and V are encoded on the mitochondrial
DNA while other subunits from complexes I–V are nuclear-
encoded. As mitochondrial DNA is inherited from the
mother, respiratory chain defects due to mutations in the
mitochondrial DNA follow a maternal pattern of inheritance.
Mitochondrial DNA encodes both tRNA involved in pro-
tein synthesis and genes responsible for the generation of
subunits of respiratory chain complexes. Nuclear-encoded
mutations are inherited as an autosomal-recessive trait.

Most of the cells contain several mitochondria; each
mitochondrium harbours up to 10 copies of mitochon-
drial DNA. Mutations in mitochondrial DNA normally
do not affect all DNA of one cell and not all cells of
one organ but there is a mixture of healthy and diseased
cells (heteroplasmy). The relative distribution between both
subsets can vary during life; the course of changes is
unpredictable. Deleted DNA may replicate faster due to
shortened DNA, leading to a shift towards mutated DNA.
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Once a threshold is reached, clinical symptoms develop
(depending on the organ involved). This also explains the
high variability of clinical symptoms and lack of genotype-
phenotype correlation. Highly specialized cells, like mature
erythrocytes, do not contain mitochondria and are therefore
spared from mitochondrial dysfunction; however immature
forms of these cells may be affected.

Mitochondrial dysfunction leads to a lack of energy in
aerobic tissues and production of possibly toxic free radicals
which finally may induce apoptosis [138, 139]. Mitochondria
are not only responsible for energy generation, but are able
to take up and release calcium, thus regulating calcium
homeostasis. This mitochondrial function is partly lost in
respiratory chain defects.

Clinical Features. Based on the central role of energy gen-
eration within cells, almost all organs may be affected by
respiratory chain disorders. Cellular heteroplasmy leads to a
highly variable clinical picture of a single mutation. Organs
showing a high rate of aerobic energy metabolism are often
compromised first by respiratory chain disorders. Skeletal
and heart muscle are frequently affected.

The first description of a mitochondrial myopathy was
by Luft et al. [140], in a patient with increased thermogenesis
in response to muscle exercise and ultrastructural abnormal-
ities of mitochondria. This patient presumably had “loose
coupling” between mitochondrial ATP production on one
hand and flux of electrons across the respiratory chain on
the other hand [141]. In the late 1980s and early 1990s,
more and more patients with mitochondriopathies due to
mitochondrial dysfunction were reported.

Skeletal muscle dysfunction mostly presents as exercise
intolerance; rarely pain is reported. There may be either
isolated myopathy or a more complex disease with multisys-
temic manifestations.

Cardiac manifestations are limited exercise capacity,
overt heart failure in later stages accompanied by lung
oedema and hypertrophic cardiomyopathy; sometimes
arrhythmias are the dominating feature. Echocardiography
shows heart hypertrophy, sometimes dilatative cardiomy-
opathy, decreased shortening fraction, and often diastolic
dysfunction. The latter is caused by incomplete (energy-
dependent) uptake of calcium from the cytosol to the
sarcoplasmic reticulum and mitochondria. The ECG may
occasionally resemble infarction as this is also accompanied
by energy depletion (in the case of infarction due to lack of
oxygen).

Frequently, other organs are compromised by mitochon-
driopathy and nonmuscular features like epilepsy, stroke, and
so forth, may predominate. Certain combinations of clinical
symptoms have been summarized as syndromes. The terms
Kearns-Sayre syndrome, mitochondrial encephalopathy, lac-
tic acidosis, and stroke-like episodes (MELASs), as well as
Leber’s hereditary optic neuropathy (LHON) were coined
and shown to be due to mutations in the mitochondrial
DNA. However, this is rarely helpful in the diagnosis or
treatment due to the large variability of clinical symptoms
in one single mutation.

Diagnosis. Creatinekinase (CK) activity may often be ele-
vated in plasma as an unspecific finding. Lactate con-
centration in blood—reflecting a compensatory increase
in flux of anaerobic glycolysis—may be elevated (normal:
<2.6 mmol/L). Lactate/pyruvate ratio reflects cytoplasmic
NADH/NAD ratio and may be increased (normal: less than
20) in defects of respiratory chain complexes I–V. However,
if only single organs are affected, lactate levels as well as
lactate/pyruvate ratio in blood may be normal. Diagnostic
accuracy of the lactate/pyruvate ratio in blood has been
shown to increase with higher lactate concentrations [142].
In response to oral carbohydrates, lactate concentration in
blood may rise inappropriately in respiratory chain disor-
ders. If cytosolic NADH/NAD levels remain normal as in
pyruvatedehydrogenase deficiency, lactate/pyruvate ratio in
blood is normal. As many metabolic pathways have an effect
on lactate and pyruvate metabolism, lactate/pyruvate ratios
may easily fluctuate and may be unreliable. If determined
in tissue cultures the reliability of the lactate/pyruvate
ratio increases [143, 144]). The ketone body ratio (β-
hydroxybutyrate/acetoacetate) reflects the intramitochon-
drial NADH/NAD ratio and may be increased in respiratory
chain defects. Alanine may be elevated in blood.

In urine, increased amounts of lactate, pyruvate, and
ketone bodies may be found. Dicarboxylic aciduria reflecting
secondary inhibition of fatty acid oxidation (by accumu-
lating NADH and FADH) may be observed. Ethylmalonic
acid and 3-methylglutaconic acid excretion provide indirect
evidence for mitochondrial dysfunction.

Muscle biopsy is an important diagnostic tool. The
number of type I muscle fibres (red) may be compensatorily
elevated. “Ragged red” fibres—seen on a modified Gomorri
trichrome stain—are the hallmark of mitochondrial disease,
however these are not obligatory. Mitochondrial prolifera-
tion may also become evident using the succinate dehydro-
genase and cytochrome oxidase stains. The classic electron
microscopic findings are paracrystalline inclusions, crystals
consisting of mitochondrial creatinekinase.

Muscle enzymology is the next biochemical step in the
diagnostic work-up. Activities of respiratory chain complexes
can be assayed either in a group of 2 enzymes or as
single enzyme activities. Citratesynthase activity is usually
determined as a mitochondrial marker enzyme. We have
shown that the mitochondrial ATPsynthase (complex V) is
regulated both in rat heart [136] and in human skeletal
muscle [137] in response to energy demand. Active reg-
ulation of mitochondrial ATPsynthase requires an intact
inner mitochondrial membrane. We therefore advocate
measurement of respiratory chain enzymes in fresh muscle
preparations, as freezing leads to the disruption of the
inner mitochondrial membrane. Using this technique, we
have shown that secondary downregulation of ATPsynthase
(complex V) occurs in response to reduced electron flow
across complexes I–IV [145]. Respiratory chain activity can
be influenced by a number of endogenous and exogenous
factors. For example, limb immobilisation has been shown
to lead to downregulation of mitochondrial pathways [146].

The heteroplasmic nature of most pathogenic mitochon-
drial DNA mutations makes genetic diagnosis difficult [147].
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Genotype-phenotype correlation has been reported to be
poor [148]. By mutation analysis, mitochondrial depletion
syndromes may be identified which are characterized by
a reduction in mitochondrial DNA copy number [149].
Some of these show myopathy, together with other organ
manifestations.

In fresh, permeabilized muscle, respirometry can be
performed using a Clark-type electrode. By using different
inhibitors of the respiratory chain-enzymes and uncouplers,
the rate-limiting step of respiration can be pinpointed [150,
151].

Using 31P MRS, reduction of the ratio of phosphocrea-
tine/inorganic phosphate can be detected, while ATP-levels
are normal, phosphocreatine depletion during exercise is
larger than normal, and the recovery rate of phosphocreatine
after exercise is typically reduced [27].

Mutation analysis may be performed. Both mutations
of the nuclear gene and the mitochondrial gene have been
reported (see above).

Treatment. Management and support in a multidisciplinary
team should be offered to patients and their families.
Symptomatic treatment is important in order to prevent or
improve morbidity. Seizure-control by antiepileptic drugs
(valproic acid should be generally avoided, phenobarbital
should be avoided in complex I deficiency) and control
of diabetes by insulin are only few examples. A positive
energetic balance is desirable; “fast” carbohydrates should be
avoided as this may lead to excessive lactic acidosis.

Many single substances have been tried with the rationale
of bypassing defective pathways, increasing residual enzyme
activities, or having an antioxidant function. For example,
succinate has been used to bypass deficient complex I activity,
vitamin C and vitamin K may bypass deficient complex
III, while vitamin E, alphalipoic acid, and coenzyme Q10
have been advocated as antioxidants. However, a recent
Cochrane review has stated that none of these as well as
other forms of cofactor therapy have been shown to be of any
benefit. Only coenzyme Q10 had a positive effect in patients
presumably suffering from a disorder in coenzyme Q10
metabolism. Relatively high doses of 2.3 mg/kg per day are
required.

Ketogenic diet has a remarkable effect on CNS-symptoms
in PDH-deficiency but has also been tried in complex I
deficiency.

Certain drugs inhibiting mitochondrial protein syn-
thesis, like tetracyclines and chloramphenicol, should be
avoided.

5. Miscellaneous

Some disorders in muscle energy metabolism are very rare
and/or have mild symptoms. These are dealt with in this
section.

Recently, sudden cardiac death has been reported in
a child with muscle-specific glycogen synthase deficiency
[152]. In horses, but so far not in humans gain of function
mutations of glycogen synthase leading to myopathy has
been found [153].

Reduced activity of the phosphorylase kinase, which is
needed for glycogen breakdown, has been reported to lead to
mild myopathy [154, 155].

Inhibition of the glycolytic pathway at the level of
triosephosphate isomerase [156], phosphoglycerate kinase
[157], phosphoglycerate mutase [158], and enolase [159] has
been described to lead to myopathy with exercise-induced
muscle cramps and myoglobinuria.

6. Special Problems

Malignant hyperthermia is due to mutations in the ryan-
odine receptor leading to defects in calcium homeostasis trig-
gered by certain anaesthetic compounds [160–162]. Some
neuromuscular diseases are known to be associated with
an increased risk of malignant hyperthermia if triggering
substances are used for anaesthesia.

Testing for malignant hyperthermia may be performed
by the caffeine halothane contracture test or by looking for
mutations of the ryanodine receptor gene. As the gene is large
and many different mutations are found, it is often safer,
faster, and less expensive to perform the caffeine halothane
contracture test. However, this involves doing a muscle
biopsy. It is often more practical to simply avoid anaesthetic
compounds that trigger malignant hyperthermia, rather than
doing the contracture test.

An increased risk for malignant hyperthermia has been
discussed in several disorders of energy metabolism like
CPT2 deficiency [163], respiratory chain defects [164, 165],
and McArdle disease [166]. Depolarizing drugs like suc-
cinylcholine for muscle relaxation may trigger malignant
hyperthermia. Though no firm correlation between inborn
errors of energy metabolism and malignant hyperthermia
has been established, it is probably wise to avoid triggering
substances in these patients.

Furthermore, inhalative anaesthetic agents have been
reported to interfere with NADH-linked respiratory chain
function [167]. Therefore, these compounds should be
avoided in patients with respiratory chain defects. Inhibition
of the respiratory chain could lead to free radical generation
which may mediate lipid peroxidation in cellular mem-
branes, thus inducing calcium efflux from cell organelles
which results in malignant hyperthermia [168].

Psychosocial problems may be another feature in
myopathies due to defects in energy metabolism, as more
and more patients with inborn errors of metabolism reach
adulthood. Inherited neuromuscular disorders affect about
one in 3,500 children, with Duchenne muscular dystrophy
being the most common disease. To our knowledge, there
are no studies on quality of life, and psychosocial problems
in patients with myopathies based on compromised energy
metabolism. However, studies on the special needs, quality of
life and psychosocial problems in boys/men with Duchenne
muscular dystrophy have been published [169, 170]. Obvi-
ously, inborn errors of energy metabolism are different from
Duchenne muscular dystrophy where the physical handicap
is enormous. However, it has been shown that quality of life is
not correlated with physical handicap in Duchenne muscular
dystrophy. Therefore, problems may also be expected in
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Table 1

Disease Enzyme/Transporter Defect Main clinical features

GSD III (Cori-Forbes)
Amylo-1,6 glucosidase
(debranching enzyme)

(distal) muscle weakness, cardiomyopathy, hepatomegaly, hypoglycaemia,
growth retardation;
osteoporosis, liver cirrhosis, hepatocellular carcinoma (later phase)

GSD V (Mc Ardle) Muscle phosphorylase Muscle pain (exercise-induced), myoglobinuria

GSD VII (Tarui)
Muscle
phosphofructokinase

Muscle pain (+ vomiting, nausea), anaemia

CPT2-deficiency
Carnitine palmitoyl
transferase 2

Muscle weakness, cardiomyopathy, hepatomegaly, hypoglycaemia, seizures

MTP (Mitochondrial
trifunctional protein)

LCHAD, thiolase,
enoyl-CoA hydratase

Sudden death, “Reye-like” syndrome, respiratory dysfunction, capilliary
leak syndrome, myopathy, myoglobinuria, cardiomyopathy, peripheral
neuropathy, retinopathy

VLCAD-deficiency VLCAD
Cardiomyopathy, muscle weakness, myoglobinuria, hypoglycaemia, liver
failure

MAD-deficiency (Glutaric
aciduria type II)

Electron transfer
flavoprotein, electron
transfer flavoprotein
dehydrogenase

Muscle weakness, cardiomyopathy, hypoglycaemia, respiratory
dysfunction, encephalopathy

CT-deficiency Carnitine transporter
SIDS, “Reye-like” syndrome, encephalopathy, muscle hypotonia, myalgia
(later), psychomotor delay, dilatative cardiomyopathy.
arrythmias, ventricular fibrillations

Respiratory chain defects
Respiratory chain
complexes I–V (single or
combined)

Multisystem-disease (e.g., myopathy, cardiomyopathy, hepatopathy,
epilepsy, developmental delay, mental retardation, etc.)

metabolic myopathies. Further studies are required but may
be difficult due to the rarity and high clinical variability of
metabolic myopathies.

7. Summary

Fatty acids are the main fuel for energy metabolism in heart
and skeletal muscle. In the initial anaerobic phase of skeletal
muscle contraction, muscular glycogen is used as a substrate.

There are many inborn errors of energy metabolism
leading to myopathies which have to be taken into account in
the diagnostic work-up. These concern fatty acid oxidation,
glycogen metabolism, as well as the “final common pathway”,
the mitochondrial respiratory chain. For most of the differ-
ent metabolic disorders, specific therapeutic options exist.
Therefore, a metabolic work-up is mandatory in myopathies
(skeletal myopathy as well as cardiomyopathy) of unknown
origin. An overview, including the most common disorders,
is given in Table 1.
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[71] S. Illsinger, T. Lücke, M. Peter, et al., “Carnitine-
palmitoyltransferase 2 deficiency: novel mutations and
relevance of newborn screening,” American Journal of
Medical Genetics, Part A, vol. 146, no. 22, pp. 2925–2928,
2008.

[72] S. Corti, A. Bordoni, D. Ronchi, et al., “Clinical features and
new molecular findings in Carnitine Palmitoyltransferase II
(CPT II) deficiency,” Journal of the Neurological Sciences, vol.
266, no. 1-2, pp. 97–103, 2008.



16 Journal of Biomedicine and Biotechnology

[73] A. M. Das, R. Fingerhut, R. J. A. Wanders, and K. Ullrich,
“Secondary respiratory chain defect in a boy with long-chain
3- hydroxyacyl-CoA dehydrogenase deficiency: possible diag-
nostic pitfalls,” European Journal of Pediatrics, vol. 159, no. 4,
pp. 243–246, 2000.

[74] U. Spiekerkoetter, M. Lindner, R. Santer, et al., “Treatment
recommendations in long-chain fatty acid oxidation defects:
consensus from a workshop,” Journal of Inherited Metabolic
Disease, vol. 32, no. 4, pp. 498–505, 2009.

[75] J. O. Solis and R. H. Singh, “Management of fatty acid
oxidation disorders: a survey of current treatment strategies,”
Journal of the American Dietetic Association, vol. 102, no. 12,
pp. 1800–1803, 2002.

[76] U. Spiekerkoetter, M. Lindner, R. Santer, et al., “Management
and outcome in 75 individuals with long-chain fatty acid
oxidation defects: results from a workshop,” Journal of
Inherited Metabolic Disease, vol. 32, no. 4, pp. 488–497, 2009.

[77] M. B. Gillingham, B. Scott, D. Elliott, and C. O. Hard-
ing, “Metabolic control during exercise with and without
medium-chain triglycerides (MCT) in children with long-
chain 3-hydroxy acyl-CoA dehydrogenase (LCHAD) or tri-
functional protein (TFP) deficiency,” Molecular Genetics and
Metabolism, vol. 89, no. 1-2, pp. 58–63, 2006.

[78] M. B. Gillingham, J. Q. Purnell, J. Jordan, D. Stadler, A.
M. Haqq, and C. O. Harding, “Effects of higher dietary
protein intake on energy balance and metabolic control in
children with long-chain 3-hydroxy acyl-CoA dehydrogenase
(LCHAD) or trifunctional protein (TFP) deficiency,” Molec-
ular Genetics and Metabolism, vol. 90, no. 1, pp. 64–69, 2007.

[79] C. R. Roe, L. Sweetman, D. S. Roe, F. David, and H. Brunen-
graber, “Treatment of cardiomyopathy and rhabdomyolysis
in long-chain fat oxidation disorders using an anaplerotic
odd-chain triglyceride,” Journal of Clinical Investigation, vol.
110, no. 2, pp. 259–269, 2002.

[80] S. Gobin-Limballe, F. Djouadi, F. Aubey, et al., “Genetic
basis for correction of very-long-chain acyl-coenzyme A
dehydrogenase deficiency by bezafibrate in patient fibrob-
lasts: toward a genotype-based therapy,” American Journal of
Human Genetics, vol. 81, no. 6, pp. 1133–1143, 2007.

[81] A. Minnich, N. Tian, L. Byan, and G. Bilder, “A potent PPARα
agonist stimulates mitochondrial fatty acid β-oxidation in
liver and skeletal muscle,” American Journal of Physiology, vol.
280, no. 2, pp. E270–E279, 2001.

[82] F. Djouadi, F. Aubey, D. Schlemmer, et al., “Potential of
fibrates in the treatment of fatty acid oxidation disorders:
revival of classical drugs?” Journal of Inherited Metabolic
Disease, vol. 29, no. 2-3, pp. 341–342, 2006.
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S. Kunz, “Muscle fibres: applications for the study of the
metabolic consequences of enzyme deficiencies in skeletal
muscle,” Biochemical Society Transactions, vol. 28, no. 2, pp.
159–164, 2000.

[152] J. M. Cameron, V. Levandovskiy, N. MacKay, et al., “Iden-
tification of a novel mutation in GYS1 (muscle-specific
glycogen synthase) resulting in sudden cardiac death, that
is diagnosable from skin fibroblasts,” Molecular Genetics and
Metabolism, vol. 98, no. 4, pp. 378–382, 2009.

[153] M. E. McCue, S. J. Valberg, M. B. Miller, et al., “Glycogen
synthase (GYS1) mutation causes a novel skeletal muscle
glycogenosis,” Genomics, vol. 91, no. 5, pp. 458–466, 2008.

[154] W. I. M. Wuyts, E. Reyniers, C. Ceuterick, K. Storm, T.
De Barsy, and J. J. Martin, “Myopathy and phosphorylase
kinase deficiency caused by a mutation in the PHKA1 gene,”
American Journal of Medical Genetics, vol. 133, no. 1, pp. 82–
84, 2005.

[155] M. C. ∅rngreen, H. J. Schelhaas, T. D. Jeppesen, et al., “Is
muscle glycogenolysis impaired in X-linked phosphorylase b
kinase deficiency?” Neurology, vol. 70, no. 20, pp. 1876–1882,
2008.

[156] B. T. Poll-The, J. Aicardi, R. Girot, and R. Rosa, “Neurological
findings in triosephosphate isomerase deficiency,” Annals of
Neurology, vol. 17, no. 5, pp. 439–443, 1985.

[157] R. Spiegel, E. A. Gomez, H. O. Akman, S. Krishna, Y.
Horovitz, and S. DiMauro, “Myopathic form of phospho-
glycerate kinase (PGK) deficiency: a new case and pathogenic
considerations,” Neuromuscular Disorders, vol. 19, no. 3, pp.
207–211, 2009.

[158] S. J. Oh, K. S. Park, H. F. Ryan, et al., “Exercise-induced
cramp, myoglobinuria, and tubular aggregates in phospho-
glycerate mutase deficiency,” Muscle and Nerve, vol. 34, no. 5,
pp. 572–576, 2006.

[159] G. P. Comi, F. Fortunato, S. Lucchiari, et al., “β-enolase
deficiency, a new metabolic myopathy of distal glycolysis,”
Annals of Neurology, vol. 50, no. 2, pp. 202–207, 2001.

[160] T. E. Nelson, “Malignant hyperthermia: a pharmacoge-
netic disease of Ca regulating proteins,” Current Molecular
Medicine, vol. 2, no. 4, pp. 347–369, 2002.

[161] M. Steinfath, F. Wappler, and J. Scholz, “Malignant hyper-
thermia. General, clinical and experimental aspects,” Der
Anaesthesist, vol. 51, no. 4, pp. 328–345, 2002.

[162] H. Rosenberg, M. Davis, D. James, N. Pollock, and K.
Stowell, “Malignant hyperthermia,” Orphanet Journal of Rare
Diseases, vol. 2, article 21, 2007.

[163] G. D. Vladutiu, K. Hogan, I. Saponara, L. Tassini, and
J. Conroy, “Carnitine palmitoyl transferase deficiency in



Journal of Biomedicine and Biotechnology 19

malignant hyperthermia,” Muscle and Nerve, vol. 16, no. 5,
pp. 485–491, 1993.

[164] A. K. W. Brownell, “Malignant hyperthermia: relationship to
other diseases,” British Journal of Anaesthesia, vol. 60, no. 3,
pp. 303–308, 1988.

[165] E. W. S. Cheam and L. A. H. Critchley, “Anesthesia for a child
with complex I respiratory chain enzyme deficiency,” Journal
of Clinical Anesthesia, vol. 10, no. 6, pp. 524–527, 1998.

[166] J. Benca and K. Hogan, “Malignant hyperthermia, coexist-
ing disorders, and enzymopathies: risks and management
options,” Anesthesia and Analgesia, vol. 109, no. 4, pp. 1049–
1053, 2009.

[167] G. M. Hall, S. J. Kirtland, and H. Baum, “The inhibition
of mitochondrial respiration by inhalational anaesthetic
agents,” British Journal of Anaesthesia, vol. 45, no. 10, pp.
1005–1009, 1973.

[168] G. G. Duthie and J. R. Arthur, “Free radicals and calcium
homeostasis: relevance to malignant hyperthermia?” Free
Radical Biology and Medicine, vol. 14, no. 4, pp. 435–442,
1993.

[169] J. Rahbek, B. Werge, A. Madsen, J. Marquardt, B. F. Stef-
fensen, and J. Jeppesen, “Adult life with Duchenne muscular
dystrophy: observations among an emerging and unforeseen
patient population,” Pediatric Rehabilitation, vol. 8, no. 1, pp.
17–28, 2005.

[170] E.-M. Strehle, “Long-term management of children with
neuromuscular disorders,” Jornal de Pediatria, vol. 85, no. 5,
pp. 379–384, 2009.



Hindawi Publishing Corporation
Journal of Biomedicine and Biotechnology
Volume 2010, Article ID 419520, 6 pages
doi:10.1155/2010/419520

Research Article

Extracorporeal Immunoglobulin Elimination for the Treatment
of Severe Myasthenia Gravis

M. Blaha,1 J. Pit’ha,2 V. Blaha,3 M. Lanska,1 J. Maly,1 S. Filip,4 and H. Langrova5

1 2nd Department of Internal Medicine, Hematology, Faculty of Medicine and Teaching Hospital, Charles University,
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5 Department of Ophthalmology, Faculty of Medicine and Teaching Hospital, Charles University, 500 05 Hradec Králové, Czech Republic
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Myasthenia gravis (MG) is a neuromuscular disorder leading to fluctuating muscle weakness and fatigue. Rarely, long-term
stabilization is not possible through the use of thymectomy or any known drug therapy. We present our experience with
extracorporeal immunoglobulin (Ig) elimination by immunoadsorption (adsorbers with human Ig antibodies). Acetylcholine
receptor antibodies (AChRAs) were measured during long-term monitoring (4.7±2.9 years; range 1.1–8.0). A total of 474 samples
(232 pairs) were analyzed, and a drop in AChRA levels was observed (P = .025). The clinical status of patients improved and
stabilized. Roughly 6.8% of patients experienced clinically irrelevant side effects. The method of Ig elimination by extracorporeal
immunoadsorption (IA) is a clinical application of the recent biotechnological advances. It offers an effective and safe therapy for
severe MG even when the disease is resistant to standard therapy.

1. Introduction

Myasthenia gravis (MG) is an autoimmune disorder in which
weakness is caused by circulating acetylcholine receptor
antibodies (AchRAs) or muscle-specific kinase antibodies
that block acetylcholine receptors at the postsynaptic neu-
romuscular junction [1]. MG is treated with cholinesterase
inhibitors or immunosuppressive drugs. Surgical removal of
the thymus (thymectomy) may result in permanent remis-
sion or a reduced need for drug therapy. When myasthenia
is serious (myasthenic crisis), plasmapheresis can be used to
remove putative antibodies from the circulation. Intravenous
immunoglobulins (IVIGs) can also be used to bind the
circulating antibodies [2–5]. Both of these treatments have
relatively short-lived benefits, which are typically measured
in weeks [6]. When some patients are unresponsive to

such therapy while on the maximum-tolerated drug doses
and sufficient stabilization is not achieved, they may be
threatened by repeated myasthenic crises. Removal of the
pathogenic agents from the blood may improve the patient’s
condition in these cases. Due to advances in biomedical
technology, adsorbers with specific affinity for immunoglob-
ulin G (IgG) and the pathogenic antiacetylcholine receptor
antibody of MG [7] have been developed. In severe MG
resistant to other treatments, extracorporeal elimination
(EE) of immunoglobulins by immunoadsorption (IA) has
been used as either a periodic cure [8] or long-term regular
therapy.

In this paper, we review our use of EE of IgGs via
adsorbers containing sheep antibodies against human IgG
as a long-term therapy for severe MG refractory to standard
drug therapy and thymectomy.
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Figure 1: Our modification of immunoadsorption (modified by Borberg et al. [9, 10]). Vascular access for the extracorporeal circuit is
established via two peripheral veins. Plasma without cellular elements obtained after high-speed centrifugation with a quality separator
(Cobe-Spectra, Denver, USA) is drawn through an adsorbent Adsopak capsule. Plasma flow is continuous. After filling the adsorbent capsule,
the Adasorb device (Medicap, Ulrichsteinn, Germany) switches automatically to the second adsorbent capsule; the first capsule is washed
with glycine, PBS buffer, and saline to prepare it for reuse so the procedure can be repeated as necessary. Regeneration solutions are drained
into a waste bag. Clean, washed plasma flows from the column back to the separator where it is mixed with blood elements and returns to
the patient’s peripheral veins. Anticoagulation is maintained by a continuous supply of citrate solution (ACD-A Baxter, Germany), and it is
secured by an initial application of 2500 U heparin i.v., subsequent continuous infusion of 50 U of heparin/min and gradual dose lowering
such that heparin application ceases in the middle of immunoadsorption.

2. Patients and Methods

2.1. Extracorporeal Elimination by Immunoadsorption. Here,
we describe our own modification of an immunoadsorption
method presented by Borberg et al. [9, 10]. The proce-
dure consists of two main steps: (1) separation of plasma
by continuous centrifugation in a Cobe-Spectra separator
(Cobe, Denver, USA) and (2) subsequent passage of plasma
through a pair of Adsopak 200 adsorbers (Pocard, Moscow,
Russia) placed in an automatic adsorption-desorption device
(Adasorb, Medicap, Ulrichstein, SRN). The device switches
between two adsorbent capsules and finally returns plasma
back to the patient. As soon as one of the adsorbent capsules
is full, the automatic device switches to the second capsule;
the first capsule is washed and prepared to be used again.
The adsorption cycles are repeated according to the clinical
condition of the patient up to ten times.

The Adsopak 200 adsorption column contains 200 mL
of antihuman IgG Sepharose 4FF gel (binding capacity of
10–12 mg Ig protein/1 mL of adsorbent) and approximately
85 mL of phosphate buffer (pH 7.4). Polyclonal antibodies
against human Ig bound to Sepharose 4FF are prepared
from sheep serum immunized by human IgG. Adsopak
200 Ig columns are intended for use in therapeutic Ig
apheresis procedures for patients requiring rapid reductions
of immunoglobulin concentrations in the plasma. For the
therapeutic scheme, see Figure 1.

2.2. Patients. This prospective observational study was con-
ducted at the 2nd Department of Medicine, Hemapheretic
Center of Charles University, Faculty of Medicine, Hradec
Kralove, Czech Republic. In the Czech Republic, there are
two main centers for the treatment of myasthenia gravis.
Smaller centers are in other teaching hospitals. Presently,
1916 patients are treated at the Myasthenic Center in
Prague. Only six of these patients were in severe condition
despite thymectomy and drug therapy (including corticos-
teroids, immunosuppressive drugs and repeated doses of
immunoglobulins) and could not be stabilized for a longer
period of time. Therefore, these patients were included
in the program of long-term therapy with extracorporeal
elimination of immunoglobulins. Basic clinical data are given
in Table 1.

All patients were women with a mean age of 46 years
(range: 28–65 years). Patients 1 and 2 were successfully
weaned off of EE therapy after 13 months and are on long-
term immunosuppressive therapy and permanent care at
the Myasthenic Center. Patients 3–6 are on long-term EE
treatment (mean: 6.5 years, range: 5–8 years). Attempts
to reduce therapeutic intensity by weaning off of EE were
not successful in these patients. Patients 3 and 5 suffer
from other diseases (hypertension, ischemic heart disease,
and arthritic symptoms) compensated for by conventional
therapy. Patients 5 and 6 experienced attacks of secondary
depressive syndrome, and patient 4 attempted to commit
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Table 1: Basic clinical data. Number of myasthenic crises experienced requiring artificial ventilation: + = 1-2, ++ = 2–5, +++ = more than
5. IA = immunotherapy, Mes: Mestinon, M: Medrol, P: Prednison, CC: CellCept, Pr: Prograf.

Patient no. Classification (MGFA) Age Sex Myasthen. crises Therapy duration Current condition Current therapy

1 III b 35 F ++ 13 Excellent, IA therapy stopped Mes

2 IV b 33 F + 13 Stabilization, IA therapy stopped Mes

3 IV b 65 F +++ 96 Stabilization Mes, M, CC, IVIG

4 IV b 28 F +++ 76 Stabilization Mes, P, Pr

5 III b 53 F + 79 Stabilization Mes, P, CC, IVIG

6 IV b 60 F ++ 62 Stabilization Mes, P, CC

Table 2: AChRA levels. N = number of patients. Normal AChRA values in our laboratory: 0.00–0.40 nmol/L.

Patient no.
AChRA before the procedures (ng/L) AChRA after the procedures (ng/L)

N Mean ± SD Range Median N Mean ± SD Range Median

All 232 12.8 ± 11.4 2.6–99.7 11.2 231 5.46 1.3–57.3 5.5

1 13 51.4 ± 20.9 23.7–99.7 49.6 13 28.0 ± 12.8 13.2–57.3 23.3

2 12 4.8 ± 0.6 4.0–6.0 5.0 12 2.4 ± 0.7 1.6–4.0 2.3

3 43 5.5 ± 1.2 3.5–9.0 5.4 43 2.3 ± 0.5 1.3–3.5 2.4

4 71 11.9 ± 2.2 7.9–19.0 11.4 70 4.4 ± 0.8 2.8–7.1 4.3

5 58 15.3 ± 3.0 11.2–26.0 15.1 58 6.3 ± 1.0 4.8–9.0 6.3

6 35 7.8 ± 2.0 2.6–14.4 7.6 35 2.7 ± 0.4 2.2–4.4 2.6

suicide when in personal crisis. All patients are AChRA-
positive. All underwent thymectomy at the beginning of
therapy with subsequent irradiation. A thymoma was found
in patient 6.

2.3. Ig and AChRA Examination. The levels of IgG, IgA,
and IgM were determined using the immunonephelometric
method (IMMAGE 800 System, Beckman Coulter, USA).
Determination of autoantibodies against the acetylcholine
receptor was carried out by radio receptor assay for the in
vitro diagnostic quantitative determination of autoantibod-
ies against the acetylcholine receptor in human serum and
plasma (IBL International, Hamburg, Germany).

2.4. Statistics. Statistical calculations were performed with
SYSTAT 8 software. A standard paired t-test (Paired Com-
parison t-Test) was used to evaluate changes before and after
the procedures. The dependence of AChRA values on the
number of procedures was calculated by linear regression
(Simple Linear Regression). Differences were considered
statistically significant when P ≤ .05.

3. Results

3.1. AChRA Levels. To investigate AChRA levels, a total
of 464 samples were collected (232 paired examinations).
Because one measurement was defective, levels in 463
samples were measured. The results are presented in Table 2.
The first line summarizes the results for all patients, and the
remaining six lines present evaluations of individual patients.
After the procedures, the drop in AChRA levels was 57% on
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Figure 2: AChRA levels—all examinations. Y axis = AChRA level
in ng/L; X axis: Procedure = numeral order of procedures from the
start of therapy.

an average; a paired t-test revealed a significance value of
P < .0001.

Linear correlation analysis showed that a gradual
decrease in AChRA levels occurred after repeated procedures
(P = .025) (Figure 2).

However, an evaluation of individual patients by linear
regression showed that an important drop of AChRA levels
(P ≤ .05) was found only in patients 1, 2, and 3. In other
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Figure 3: AChRA levels in patient no. 3. X axis: Procedure =
numeral order of procedures from the start of therapy; Y axis =
AChRA levels in ng/L. Normal value in our laboratory = 0.00–
0.40 nmol/L.

patients, AChRA levels did not significantly change. As a
positive example (P ≤ .0001), we present patient 3 (see
Figure 3). In this patient, a gradual decrease in AChRA levels
occurred during long-term therapy (i.e., a level of 7.1 ng/L
was measured before the first IA, and the last measurement
three years later (September 5, 2009) was 4.1 ng/L). During
these three years, the patient’s condition was relatively stable
without myasthenic crisis requiring artificial ventilation.
(Figures 2 and 3, X axis: Procedures = numerical order of
procedures from the start of therapy.)

In the rest of the patients, no gradual drop in AChRA
levels was observed. Levels at the start of the therapy did not
differ in a statistically significant manner from either those
further in the course of illness or the last three values.

3.2. Immunoglobulins. Ig levels were examined in all patients
regularly at the same time as AChRA levels. Table 3 shows
that the levels of all three Ig classes significantly decreased
after the procedures. This was most obvious for IgG (53.9%
decrease) but was also true for IgM (42.5% decrease) and
IgA (44.7% decrease). Correlation analysis did not find
any dependence between the drop in Ig levels and AChRA
levels.

3.3. Adverse Effects. IA is a kind of extracorporeal circula-
tion that brings certain risks. However, the modifications
presented here allowed it to be a safe and technically
feasible method. Only 6.8% of patients in the 232 pro-
cedures experienced side effects, and none of these were
life-threatening. Patient 3 once experienced aspiration of
excreta during a cough attack and was treated with a short
observation and bed rest. Vasovagal events (symptoms of

neurovegetative lability) were the most common adverse
effects manifested as malaise, weakness, slight and short-
term drop of blood pressure, or other general signs. All were
well controlled by symptomatic therapy (Trendelenburg’s
position, cessation of the procedure and eventual quick
dropping of saline). These reactions were under control in
some tens of seconds or a few minutes at maximum. An
ECG showed sinus bradycardia under a level of 50/min (46
and 48/min) in two cases. This event occurred in patient
6, but observation and short bed rest provided sufficient
treatment.

4. Discussion

Myasthenia gravis is a rather rare neuromuscular disease
of autoimmune origin. However, its course can be severe
or even life-threatening. The annual incidence is from 2 to
4 million cases [11]. Most MG patients can be stabilized
for a long time with either thymectomy or the applica-
tion of symptomatic drugs, corticoids, immunosuppressives,
immunoglobulins, or monoclonal agents. Myasthenic crises
are mostly resolved by plasma exchange. This therapy is
used in the few patients that are difficult to stabilize by
any kind of drug therapy. Advances in biotechnology bring
new knowledge and new methods that can be used in
many branches of medicine [12–16]. One such advance is
extracorporeal therapy, which can be either nonspecific (such
as plasma exchange) or specific (such as IA). This type
of procedure can constitute an important and sometimes
decisive component of MG therapy. IA with regard to med-
ical, technical, and economic demands is indicated in cases
when classical methods fail. We attempted to manage this
situation by extracorporeal elimination of AChRAs present
in the IgG fraction. This was possible by the development
of adsorbers that retain the clinically significant Ig com-
ponent from extracorporeal plasma circulation. Adsopak
adsorbers were used. These adsorbers contain antihuman
IgG antibodies with a binding capacity of about 10 mg Ig
protein per 1 mL of adsorbent. This capacity was sufficient
to reduce AChRA levels by an average of 58% after the
procedures.

The patients had different initial AChRA levels
that did not correlate with the clinical activity of the
disease [17] (Table 2). In all patients, AChRA levels
significantly decreased (by about 57.7% on average)
after the procedures (P < .0001). With regard to the clinical
effect of therapy, the best result was observed in patient
1. This patient is now maintained on a small dose of
pyridostigmin. She has born a healthy child and enjoys a
happy family life without physical limitations. Presently,
she does not experience any muscular weakness. Similarly,
patient 2 was weaned off the IA program after 13 months
after stabilization and clinical improvement. This patient is
now on symptomatic medication but experiences residual
weakness of the oropharyngeal muscles of small functional
significance. Patients 3–6 are still under a periodic EE
regime. Attempts to wean them off of treatment were not
successful. In patient 4, procedures are repeated at 4-week
intervals. In patients 4 and 5, the procedures are performed
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Table 3: Immunoglobulins. N : number of patients, SD: standard deviation.

Level (g/L)
Before immunoapheresis After immunoapheresis

P
N Average SD Range Median N Average SD Range Median

IgG 240 7.93788 2.41842 1.59–14.2 7.25 239 3.65904 1.80996 1.51–12.3 3.21 .000000

IgM 240 0.94921 0.32584 0.18–2.01 0.955 239 0.54782 0.2622 0.15–1.51 0.54 .000000

IgA 240 2.32754 1.02688 0.24–4.51 2.44 239 1.28661 0.70743 0.23–4.07 1.22 .000000

at 3-week intervals. Patient 4 attempted to change to 4-week
intervals after 23 months of EE but shortly thereafter had
to return to 3-week intervals again. In patient 5, the IA
program was initiated at 3-week intervals; after six months,
4-week intervals became sufficient. Patients 3 and 5 are on a
periodic regime of EE followed by an IVIG dose performed
during their last year of therapy. This therapy is sufficient for
long-term stabilization. However, the clinical condition of
patient 5 worsened during an attempt to wean off IVIG that
led to a significant increase of AChAR levels; therefore, the
IA regime has been continued.

It is well known that MG is more frequent in younger
women and older men [18, 19]. Our group comprised only
women. Due to the small number of patients in our group,
this bias was due to mere chance.

We monitored the basic parameters of clinical status
(blood pressure, pulse and breath frequency) in all of our
patients. As IA is one method of extracorporeal circulation,
all basic hematologic and biochemical parameters (blood
count, minerals, creatinin, glycemia and total protein, albu-
min, bilirubin, aminotransferase, and lipoprotein levels; data
not shown) were regularly monitored. The results showed
that clinically significant changes did not occur.

The drop in Ig after immunoaphereses was significant,
but Ig levels returned to their initial values in the time before
the next procedure. The drop in Ig levels might lead to
increased susceptibility to infections, but we did not observe
such susceptibility. Furthermore, we did not find in the
literature data or reports describing higher infection rates
after immunoapheresis for MG [18] or immunoaphereses
performed for other indications (e.g., LDL-apheresis in
familial hypercholesterolemia) [9].

5. Conclusion

The IA method presented here utilizes current results
and recent advances in biotechnology and is indicated in
severe cases of MG when longer-term stabilization cannot
be achieved by another means. The levels of AChRA are
significantly lower after the procedures. Reduction of AChRA
levels can also be observed when patients are evaluated
chronologically (i.e., the levels were higher at the beginning
of follow-up than at the end of monitoring). This method is
medically, technically, and economically demanding. How-
ever, it offers a clinically effective method by which to
improve or stabilize patients with severe MG, even when the
disease is resistant to all standard therapies. In the long run,
this method protects patients against myasthenic crises, and
it is safe with a low occurrence of side-effects.
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Epidemiological research provides strong evidence for a link between repetitive work (RW) and the development of chronic
trapezius myalgia (TM). The aims were to further elucidate if an accumulation of sensitising substances or impaired oxygenation
is evident in painful muscles during RW. Females with TM (n = 14) were studied during rest, 30 minutes RW and 60 minutes
recovery. Microdialysate samples were obtained to determine changes in intramuscular microdialysate (IMMD) [glutamate],
[PGE2], [lactate], and [pyruvate] (i.e., [concentration]) relative to work. Muscle oxygenation (%StO2) was assessed using near-
infrared spectroscopy. During work, all investigated substances, except PGE2, increased significantly: [glutamate] (54%, P < .0001),
[lactate] (26%, P < .005), [pyruvate] (19%, P < .0001), while the %StO2 decreased (P < .05). During recovery [PGE2] decreased
(P < .005), [lactate] remained increased (P < .001), [pyruvate] increased progressively (P < .0001), and %StO2 had returned to
baseline. Changes in substance concentrations and oxygenation in response to work indicate normal increase in metabolism but
no ongoing inflammation in subjects with TM.

1. Introduction

Epidemiological research provides strong evidence for a link
between repetitive work and the development of chronic
muscle pain [1–3], but to fully understand this relationship,
the pathophysiological mechanisms behind it needs further
elucidating. Several hypotheses that focus on hypoxia or
other metabolic effects in the muscle have been suggested
[4–6].

While the muscle biopsy technique have only been able
to provide a “snap-shot” of the muscle chemistry [7, 8],
the possibilities for real-time in vivo investigations have
been greatly improved by combining microdialysis and near-
infrared spectroscopy [9, 10].

Microdialysis (MD) permits in vivo measurements of
changes in substance concentrations in different tissues

in response to work, with minimal trauma [11]. MD is
performed by implanting a probe with a semipermeable
membrane in the tissue and slowly perfuses it with a
physiological solution. Sample collection is based on passive
diffusion of substances over the membrane, preferable
during steady-state conditions.

We have previously reported significantly increased [lac-
tate] and [glutamate] and unchanged [prostaglandin E2,
PGE2] in the trapezius muscle of healthy females, in response
to low-load repetitive work (RW) which we interpreted as
normal responses to increased physical demands [9]. We
have also reported similar absolute [glutamate] and [PGE2]
in females with trapezius myalgia (TM) and asymptomatic
controls during rest [12]. Few other studies have used
MD to further elucidate the pathophysiology behind work-
related trapezius myalgia, and to some extent the findings
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are conflicting. In a laboratory study Rosendal et al. [13]
reported increased intramuscular [lactate] and [glutamate]
in response to RW in TM, but not in healthy controls,
findings which they were unable to verify in an occupational
field study [14]. However, the pain subjects differed in
severity of symptoms between studies. Ashina et al. [15]
reported similar [glutamate] and [PGE2] in trapezius muscle
tender points in response to low-load static work in subjects
with chronic tension type headache (CTTH).

Near-infrared spectroscopy (NIRS) is a noninvasive
method for measuring muscle oxygenation (% StO2), that
is, the dynamic balance between oxygen delivery to and
consumption within a tissue [16, 17]. The technique is
based on the principle of differential absorption properties of
oxygenated and deoxygenated forms of haemoglobin (and to
a lesser extent, myoglobin) in the near infrared range (760–
850 nm). NIRS is well suited to study the muscle microcircu-
lation due to the minimal absorption of light in small vessels
(i.e., arterioles, capillaries, and venules) compared to in veins
and feed arteries [16, 17]. We have previously combined MD
and NIRS to study the effects of RW of different duration
[9] and RW with superimposed mental load [10] on % StO2

in the pain-free trapezius muscle. We found small changes
in % StO2 and intramuscular lactate, indicative of a normal
response to increased physical demands [9]. In one recent
study no statistically significant differences for oxygenated
haemoglobin during RW were reported between TM and
healthy controls [18].

The aims of this study, which was purposely designed
as a comparison to our previous study on asymptomatic
females [9], were to investigate whether an interstitial
accumulation of sensitising substances (glutamate, PGE2), or
local metabolic changes indicative of an insufficient oxygen
supply (e.g., greatly increased [lactate] and decreased %
StO2) is evident during RW in subjects with TM (n = 14).We
also wanted to investigate how % StO2, blood lactate, and
intramuscular [lactate] relate during RW in TM.

2. Materials and Methods

2.1. Participants. Fourteen females with trapezius myalgia
(TM) participated in the study. The group had a mean age
of 40 (±8) years, height 167 (±4) cm, weight 66 (±9.5) kg,
and BMI 23.0 (±2.3). The pain subjects were matched in
age to a group of healthy asymptomatic females, who had
participated in a previous study at our laboratory, and in
which the same experimental protocol was used [9], to admit
comparisons to be made.

Participants were required to be right-handed, nonsmok-
ers, and not allergic to local anaesthesia. Further inclusion
criteria were as follows: during the clinical examination
subjects were required to (i) report pain of a duration of
at least 3 months from the neck-shoulder region, (ii) verify
pain in the upper part of the trapezius muscle with a pain
drawing, (iii) have the most pronounced complaints on the
side subjected to the greatest workload, and (iv) have reason
to believe that the pain was caused by their work, that is, that
they reported that the onset of their pain problems coincided
with performance of static and/or repetitive work tasks. Also,

that they reported less pain when being off work, and/or
increased pain when coming back to work after a holiday.

All participants were examined by the same physiothera-
pist. Exclusion criteria were (a) previous trauma to the neck
or shoulder, (b) signs of shoulder tendonitis or shoulder joint
affection, (c) signs of nerve affection, (d) pronounced pain
from more than three body regions, and (e) neurological
or metabolic diseases, or (f) other diseases that demanded
continuous medication.

The Nordic Ministry Council Questionnaire (NMCQ)
[19] and the visual analogue scale (VAS) were used to
survey pain during the last 12 months and at the time of
participation. All participants reported pain from the neck-
shoulder area during the last 7 days. The median (range) for
the VAS-ratings of perceived pain in the right shoulder were
47 (12–79) for the last 12 months, 34 (14–63) for the last
7 days, and 27 (4–78) when arriving at the laboratory. The
mean (±SD) duration of complaints from the neck-shoulder
was 70.5 (±74.7) months. None of the subjects were on sick-
leave at the time of the study.

The participants were recruited through contacts with
local industries and through advertisement on the university
hospital’s intranet. The participants either worked at an
assembly line (in a car factory) or at a VDU-station, thus
performing work tasks of a repetitive and static character. All
participants gave their informed and signed consent prior to
inclusion in the study. The study conformed to the ethical
standards laid down in the 1964 Declaration of Helsinki
and was approved by the Ethical Committee of the Medical
Faculty of the University of Umeå (Dnr 2004:M-150).

2.2. Methods

2.2.1. Experimental Protocol. The experimental design is
shown in Figure 1. The experimental conditions were exactly
the same as in the previous study on asymptomatic control
subjects [9] (same experimental protocol, same laboratory
room and equipment, same controlled room temperature, all
probe insertions were performed by the same medical doctor,
and all analyses were performed by the same laboratory
technicians). In addition to the previous protocol, the partic-
ipants perceived pain intensity were also assessed. All exper-
iments started at 7 a.m. The subjects were instructed not to
perform any kind of heavy physical exercise 48 hours prior
to the experiment, and to arrive fasting to the laboratory
where they were given a standardised breakfast. They were
also asked to refrain from using pain medication (NSAIDs)
three days before the experiment to avoid interference with
the pain substances under study, but also due to the increased
risk of bleeding during the procedure (paracetamol was
allowed). In the preparation period, before the MD-probe
was inserted and the optical probe for oxygen saturation
measurements was attached to the skin, measurements of
skin-fat layer (SFL) and trapezius muscle thickness over
the approximate site of the O2-probe were performed using
ultrasonography [9, 10]. Subjects then rested comfortably
seated for a total of 120 minutes (90 minutes stabilisation
+ 30 minutes baseline) before the 30 minutes work-period
began.
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Figure 1: Experimental design. Schematic of the experimental design with 90 minutes stabilisation period, 30 minutes baseline, 30 minutes
work, and a 60 minutes recovery period. Arrows indicate time points for sampling of dialysate, assessment of perceived exertion with the
Borg CR-scale (RPE), assessment of perceived pain intensity with VAS (RPP), and capillary blood sampling (BS).

The repetitive low-load work, also used by Flodgren
et al. [9, 10], was designed to simulate an occupational
work task. It consisted in alternatively pushing in a piston
and pressing down a button with the use of a hand-
held manipulandum (130 grams), while seated at a table.
The subjects maintained a pace of 30 work cycles per
minute, with the aid of a metronome; a single piston push
followed by a button press constituting one work cycle.
The workstation was adjusted to each subject to provide
optimal ergonomic conditions (Figure 2). In a pilot study
(unpublished data) we used electromyography to assess the
trapezius muscle activity during the same type of work.
We then found the mean electrical activity to be 9.3% of
maximal voluntary contraction, which is similar to muscle
activity measured during low-load RW at a real work place
[20].

After the performance of the repetitive work subjects
rested, comfortably seated, for yet another 60 minutes (see
Figure 1). All subjects completed the work task. Throughout
the experiment local % StO2 was recorded, microdialysate
samples and capillary blood for lactate analyses were
obtained, subjectively perceived exertion (Borg CR-10) and
perceived pain intensity (VAS) were assessed, as shown in
Figure 1. The room temperature was between 22 and 24
degrees Celsius during experiments.

2.2.2. Microdialysis. After local anaesthesia of the skin and
subcutaneous tissue by injection of 1.5 mL Xylocain
(10 mg ml−1), a microdialysis probe (CMA 60, CMA/Micro-
dialysis AB, Sweden, 20 kDa molecular cut-off, membrane
length 30 mm, 0.5 mm outer diameter) was implanted in
the middle third of the upper part of the trapezius muscle
in the direction lateral to medial. The same investigator
performed all probe insertions, and ultrasonography was
used to confirm the placement of the probe (Aloka SSD-
2000, Aloka Co., Ltd., Japan). The catheter was secured to the
skin with adhesives, connected to a portable syringe pump
(CMA 107, CMA/Microdialysis, AB, Sweden), and perfused
with solution containing 147 mM L−1Na+, 4 mM L−1K+,
2.3 mM L−1Ca2+, and 156 mM L−1 Cl− (perfusion fluid T1,
CMA/Microdialysis AB, Stockholm, Sweden), at a flow rate
of 2 μL min−1. The pump was secured in level with the
probe. After insertion of the probe in the muscle, the subjects
rested for 90 minutes to allow the tissue to stabilise after the
initial trauma of probe insertion [11, 12, 21]. Samples were
obtained every 30th minute during the initial two hours of

(a)

(b)

Figure 2: Repetitive work model. The low-load repetitive work
consisted of (a) pushing in a piston and (b) pressing down a button
on the table with a handheld manipulandum, at a pace of 30 work
cycles per minute.

rest, and every 15th minute during work and recovery. The
last sample obtained during rest will be referred to as base-
line. All probes kept functioning throughout the experiment.
The samples were immediately frozen to −70◦ until analyses
were performed. All samples were coded by the authors and
analysed blindly by an independent laboratory technician.
Lactate, glutamate and pyruvate were analysed with the
CMA 600 Microdialysis Analyser (CMA Microdialysis, Solna,
Sweden), and PGE2 with a radioimmunoassay kit (NEN, Du
Pont, Boston, Mass, USA). The detection limits are 0.1 mmol
× L−1 for lactate, 10 μmol × L−1 for pyruvate and 1 μmol ×
L−1 for glutamate. The detection limit for the PGE2 assay is
0.5 pg mL−1.
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2.2.3. Oxygen Saturation (% StO2). Measurements of trapez-
ius muscle % StO2 were performed during the experiment
using a near infrared spectrometer, NIRS (INSPECTRA
Tissue Spectrometer—model 325, Hutchinson Technology
Inc, Netherlands).

A self-adhesive O2-shield was placed on the skin over-
lying the upper part of the trapezius muscle, medial of
the MD-probe insertion site. Before connecting the optical
cable to the shield, the system was calibrated according to
instructions from the manufacturers, that is, inserted in
a light scattering calibrator for capturing reference light
intensities of all wavelengths. All tissue measurements were
related to the reference measurement, thereby converting
light intensity measurements to optical absorbance. Optical
absorbance values were further processed into a scaled
second derivative absorbance spectrum, whereby a measure
of percent oxygen saturation was obtained. The software
supplied with the In Spectra device allows for absolute values
of % StO2. The distance between the light transmitter and
the detector was 12 mm, and the sampling frequency 0.3 Hz.

2.2.4. Blood Sampling. In order to assess possible systemic
effects in response to work, that is, changes in blood lactate
concentration, capillary blood samples were obtained from
a right hand finger at baseline, directly after work and after
the recovery period (Figure 1). The coded samples were
immediately put on ice, and were later the same day analysed
with a lactate analysis device YSI 2300 STAT plus (Clandon
Scientific, Famborough, UK) by an independent laboratory
technician.

2.2.5. Rating of Perceived Exertion (RPE) and Perceived Pain
Intensity (RPP). At baseline, and at the end of both the work
and the recovery period (see Figure 1), subjects were required
to rate their (i) perceived exertion of the right shoulder in
accordance to the Borg CR-10 scale [22], with 0 = no fatigue
and 10 = severe fatigue, and (ii) their perceived pain intensity
in the right shoulder, using the nonhatched VAS, marked
at one end as “no pain at all” and at the other “worst pain
imaginable” [23].

2.2.6. Estimation of Skin-Fat Layer and Trapezius Muscle
Thickness. Measurements of skin-fat layer (SFL) and trapez-
ius muscle thickness were performed using ultrasonography,
with a 75 mm probe (Aloka SSD-2000, Aloka Co., Ltd.,
Japan). Measurements were performed at three measuring-
points over the upper trapezius muscle medially of the MD-
probe insertion point. (1, 3.75 and 7.5 cm)

2.2.7. Data Analyses and Statistics. SPSS statistical software,
version 13.0 (Chicago, III, USA) was used for all analyses.
The level of significance was set to P < .05. The Kolmogorov-
Smirnov test was used to test for normal distribution, and
data for all variables was normally distributed.

The change in substance concentration relative to work
was calculated as the baseline values subtracted from the
values obtained after work (work-baseline = change).

Pearson test was used to investigate possible correlations
between (i) pain substances (glutamate and PGE2) and pain

intensity, (ii) IMMD lactate and local muscle oxygenation,
(iii) local (IMMD lactate) and systemic (blood lactate)
changes, and (iv) key metabolites (IMMD lactate and
glutamate).

Repeated measures ANOVA (RM ANOVA) were used
for the within group comparisons of data for the different
variables in response to work and recovery (except for the
RPE- and RPP-data). If the assumption of sphericity of
variance was violated in the RM ANOVA, the Huyn-Feldt
correction was used. The sequential Bonferroni [24] was
used to compare specific pairs of means when the RM
ANOVA revealed a significant difference.

To relate the oxygenation and the MD-data in time, a
mean value of the oxygenation data recorded during a 5-min
period just before each sampling of dialysate was calculated.
Data are presented as means ± SD in both text and graphs,
except for the RPE and RPP which are presented as median
and range. Wilcoxon nonparametric test was used for the
within group comparisons of the subjective ratings.

3. Results

3.1. Biochemical Alterations during Work. During work [glu-
tamate] increased (54%) (P < .0001, F = 16.957), and
decreased to 26% below baseline during the recovery period
(P < .0001, F = 14.293) (see Figure 3(a)).

The mean IMMD [PGE2] remained unchanged during
work (P = .300), but showed a significant overall decrease
(40% lower than baseline) during recovery (P = .004,
F = 5.224) (see Figure 3(b)).

An overall significant increase (28%) in mean IMMD
[lactate] was found in response to work (P = .003,
F = 10.813), and recovery (P > .001, F = 7.392) as compared
to baseline (see Figure 3(c)).

Also, [pyruvate] increased significantly during work (P <
.0001, F = 36.4), and continued to increase progressively (up
to 60% > baseline) during the recovery period (P < .0001, F
= 25.3) (see Figure 3(d)).

3.2. Oxygen Saturation (% StO2). A small, but significant,
decrease in % StO2 in response to work was found (P = .016,
F = 7.816), and directly after the cessation of work baseline
was re-established (see Figure 4).

3.3. Blood Lactate. Plasma [lactate] decreased significantly in
response to work (P = .005; F = 8.109), from 1.1 mmol ×
L−1 (SD ± 0.3) at baseline to 0.9 mmol × L−1 (SD ± 0.2)
after work and baseline was re-established at the end of the
recovery period (1.3 ± 0.6).

3.4. Rating of Perceived Exertion (RPE) and Pain Intensity
(RPP). The median (range) RPE in the right shoulder (Borg
CR-10), increased significantly from 1.5 (0–3.5) at baseline
to 7.0 (3.0–7.0) after work, and remained increased also
after recovery 2.25 (0–4.5) The median (range) RPP in the
right shoulder (VAS) increased (P < .001) from 17.5 (2–
52) at baseline, to 69 (28–82) after work and tended to be
significantly increased also at the end of recovery 26.5 (3–69)
(P = .054).
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Figure 3: (a) IMMD glutamate concentrations. Mean (±SD) intramuscular microdialysate [glutamate] (μM L−1) at baseline, in response
to work and recovery. Percent difference in comparison to baseline is depicted on the right hand y-axis. Significant differences with respect
to baseline concentrations are indicated with ∗ for a P-value < .05 and ∗∗ for a P-value < .001. (b) IMMD PGE2 concentrations. Mean
(±SD) intramuscular microdialysate [PGE2] (μg mL−1) at baseline, in response to work and recovery. Percent difference in comparison to
baseline is depicted on the right hand y-axis. Significant differences with respect to baseline concentrations are indicated with ∗ for a P-
value <.05 and ∗∗ for a P-value < .001. (c) IMMD lactate concentrations. Mean (±SD) intramuscular microdialysate [lactate] (mM L−1)
at baseline, in response to work and recovery. Percent difference in comparison to baseline is depicted on the right hand y-axis. Significant
differences with respect to baseline concentrations are indicated with ∗ for a P-value < .05 and ∗∗ for a P-value < .001. (d) IMMD pyruvate
concentrations. Mean (±SD) interstitial microdialysate [pyruvate] (mM L−1) at baseline, during work and recovery. Percent difference in
comparison to baseline is depicted on the right hand y-axis. Significant differences with respect to baseline concentrations are indicated with
∗ for a P-value < .05 and ∗∗ for a P-value < .001.

3.5. Skin-Fat Layer and Trapezius Muscle Thickness. The
mean SFL (fascia included) and the mean trapezius mus-
cle thickness for the three measuring-points medial to
the MD-probe insertion point (1, 3.5 and 7 cm) were
4.6 ± 0.5, 4.7 ± 0.3 and 4.5 ± 0.3 mm and 12.3 ± 0.4 mm,
and 12.2 ± 0.5 and 10.0 ± 0.6 mm, respectively. Mean values
for the SFL (4.6 ± 0.4 mm) and the trapezius muscle
thickness (11.5 ± 0.5 mm) were calculated.

3.6. Correlations. A significant negative correlation was
found between changes in IMMD [lactate] and plasma
[lactate] during work (P < .05), and a tendency to a
correlation between IMMD lactate and % StO2 (P = .073).
The pain intensity was uncorrelated to IMMD [glutamate]
(P = .276) and [PGE2]. (P = .492), but significantly
correlated to the perceived exertion in the shoulder (P <
.0001). A significant correlation was also found between
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Figure 4: Muscle oxygen saturation. Mean (±SD) local trapezius
muscle oxygen saturation (% StO2) at baseline, during work and
recovery. Significant differences with respect to baseline concentra-
tions are indicated with ∗ for a P-value <.05.

changes in IMMD [glutamate] and IMMD [lactate] during
work (P < .05).

4. Discussion

The main results of the present study were: significantly
increased IMMD [glutamate] and [lactate], unchanged
[PGE2], and decreased % StO2 in the trapezius muscle dur-
ing work in females with TM. Furthermore, that glutamate
and PGE2 were uncorrelated to pain intensity.

4.1. Glutamate and PGE2. Glutamate is a well-known pain-
mediator in the CNS [25, 26], and suggested to contribute
to localised pain and peripheral sensitisation in certain pain
conditions [13, 27, 28]. It is also a key metabolite in cellular
metabolism [29]. In our study we found a significant increase
in IMMD [glutamate] in response to work (54%), which
was in accordance with our previous results for healthy
controls [9]. However, at all time points [glutamate] was
lower in TM, and uncorrelated to pain intensity [9]. While
we found a moderate increase in [glutamate], the suggested
concentration needed to excite and sensitize nociceptors
is 2-3-fold greater than physiological concentrations [30].
These findings taken together do not support an involvement
of glutamate in peripheral pain conditions. They are best
interpreted as signs of normally increased metabolism in
response to work.

The increase in [glutamate] in TM in response to work
was also in accordance with results reported by others [13].
In contrast, Rosendal et al. found overall higher [glutamate]
in TM, and a correlation between pain ratings and [gluta-
mate] [13]. A recent study reported higher [glutamate] in
TM, but no definite baseline was used as comparison [14]. It
should be noted that the increased [glutamate] reported [13,
14] was similar to absolute resting concentrations reported
in the trapezius of pain subjects and controls [12].

PGE2 is known to act directly on nociceptors, and for its
ability to sensitise nociceptors to other substances [31]. PGE2

is also an important regulator of blood flow [16, 32], but its
effect is highly dependent on intensity and mode of exercise,
that is, during high intensity dynamic contractions, [PGE2]
is reported to increase significantly, but to remain unchanged
during low intensity static contractions [33].

In our study IMMD [PGE2] did not increase in response
to work, which is in agreement with our previous results on
healthy subjects [9]. Furthermore, [PGE2] was uncorrelated
to pain intensity. These findings suggest that there is no
ongoing inflammation in the chronic phase of TM. Our
findings and conclusions are in general agreement with the
results for [PGE2] reported by Ashina et al. [15].

However, tissue damage and inflammation may still be
initiating factors for the development of muscle pain [34],
and a shift from pain mechanisms in the periphery to the
CNS may occur at a later stage in the disease process [35].

4.2. Lactate, Pyruvate, and % StO2. Lactate is an important
fuel source and a glukoneogenetic precursor [36, 37].
Muscles produce lactate to yield energy during anaerobic
conditions, but there is also a significant lactate production
in the fully oxygenated contracting muscle [38]. In our study,
we found significantly increased [lactate] in response to work
TM, which was in accordance with our previous results for
healthy females [9]. Ashina et al. [39] also found similar
[lactate] in pain subjects and controls in response to static
work. However, higher [lactate] in TM in response to RW
has been reported [13, 18], findings which the same authors
were unable to verify in an occupational study [14]. However,
many of the subjects in [13] were on sick-leave, while in the
latter participants were occupationally active [18].

During prolonged low-intensity work oxidation of lactate
into pyruvate is enhanced, and muscles revert from net
lactate release to net uptake [40]. We found a significant
increase in [pyruvate] during work, and a progressive
increase during recovery, which differed from our results
on healthy controls [9]. Larsson et al., reported unchanged
[pyruvate] during work in both myalgic and healthy workers,
but this study had no real baseline for comparison [14]. It
may be speculated that the higher [pyruvate] may be due to
a greater activation of fatigable type II fibres in subjects with
TM, in comparison to asymptomatic subjects, which would
be in accordance with muscle activation patterns reported for
chronic pain cases [41].

As far as we know, we are first to combine MD and NIRS
to investigate biochemical alterations in the trapezius muscle
in response to RW [9, 10]. In the present study, we found a
significant decrease in local muscle % StO2 during work, and
a tendency to a significant correlation between % StO2 and
IMMD [lactate]. Our findings are in general agreement with
the results reported by Sjøgaard et al. [18]. The decrease in
% StO2 and the increase in IMMD [lactate] did not differ
from our previous results on healthy controls, that is why
these findings must be interpreted as a normal response to
increased metabolic demands.

Blood [lactate] decreased during work and was negatively
correlated with IMMD [lactate], which may be explained by
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an enhanced uptake and use of lactate as a fuel by active
muscles during prolonged low-load work [40]. During high-
intensity work, [lactate] in muscle and blood is correlated
[42, 43],while low-intensity work is suggested not to cause
systemic effects [16, 44].

4.3. Methodological Considerations

4.3.1. Microdialysis. After the trauma of probe insertion,
interstitial substance concentrations are abnormal and the
influx of substances random. To avoid biased results suffi-
cient time for the establishment of a new steady-state must
be allowed [11]. We applied a 90 minutes stabilisation time,
which is ample time for stabilisation of lactate, pyruvate [21],
glutamate [12], but maybe not for PGE2, which decreased
below baseline during recovery.

Refraining from calibrating the probe in vivo is suggested
to introduce bias since the relative recovery of substances
(RR) is reported to increase with high intensity exercise in
the absence of true interstitial changes [11, 44]. However,
most studies of low-load work have reported no change
[13, 14, 39, 45] or a small change [13] in RR of lactate in
the trapezius muscle during work. This lack of change in RR
may be explained by that intramuscular pressure does not
increase in the trapezius during low-load work [46], and that
the changes in blood flow are small [39],which are suggested
not to affect RR of substances in vivo [47, 48]. We did not
assess RR, and cannot therefore exclude the presence of a
bias, although we find it unlikely that this bias is significant.

4.3.2. Near-Infrared Spectroscopy (NIRS). Ideally, we also
should have measured blood-flow (BF), since metabolic
insufficiencies may be the result of impaired BF [49]. Existing
results are conflicting and provide no convincing evidence
for impaired BF in TM as compared to healthy controls
[14, 18, 39, 45].

NIRS may provide information about a possible mis-
match between metabolic requirements and blood flow
locally in muscle [16] and is considered a valid [50], and
reliable tool [51] for measuring local muscle oxygenation
during work.

Heterogeneity of blood flow and oxygen consumption
distributions within a muscle [43, 52, 53], work intensity and
level of training [16] and mode of exercise [54] may influence
NIRS-measurements. In this, and in previous studies [9, 10],
the work and the position of the probe were standardised, to
enable appropriate comparison between studies [55].

The probe was chosen to ensure that data was obtained
from the trapezius, and not from underlying muscle. It
may be argued that the measuring depth of the probe may
not have been sufficient to accurately assess changes in
%StO2. However, the muscle volume measured with NIRS
is controversial, and while the signal is presumed to be
obtained mostly from a tissue depth of approximately 60%
of the transmitter-detector distance, a banana-shaped region
of sensitivity extends both above and below this depth [17].
Since the skin overlying muscle in lean subjects contributes
<5% of the signal [16], our measurement should mainly
originate from muscle.

The discrepancies between the few studies that have
studied the effect of low-load work on metabolism and sensi-
tising substances, both in methodology, and subjects studied,
emphasise that more independent studies are needed.

5. Conclusions

The changes in substance concentrations and oxygenation
found in this study indicate normal increase in metabolism
in response to work but no ongoing inflammation in subjects
with TM. Our results do not support the role of glutamate as
a pain mediator in the periphery.

Conflict of Interest

The authors have no conflicts of interest.

Acknowledgments

The financial support of the Swedish Agency for Innova-
tion Systems, VINNOVA (project no. 510240) is gratefully
acknowledged. Special thanks are due to laboratory tech-
nician Margaretha Marklund for qualified technical and
graphical work, and to physiotherapist Åsa Svedmark for
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