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Increased oxidative stress has important molecular, struc-
tural, and functional muscle implications. In pathological
conditions, reactive oxygen species (ROS) burst contributes
to cellular dysfunction and the progression of muscle dis-
eases. This special issue was designed to advance knowledge
in the role of oxidative stress on muscle remodeling, in turn
leading to innovative therapeutic approaches in a wide range
of muscle diseases. Therefore, this special issue provides
recent scientific advancements with researchers and practi-
tioners who work in muscle scope. Articles included in this
special issue address the molecular and cellular mechanisms
involved in these processes as well as current therapies.

One of the studies published in the special issue exam-
ined the impact of 8-week dynamic resistance training
with elastic bands on oxidative stress in stroke survivors.
Functional fitness, hemodynamic, and cardiac autonomic
modulation were also evaluated. The exercise protocol
consisted of a sequence of three combinations of two con-
secutive exercises (i.e., seated row and squat on the chair,
vertical chest press and squat on the chair, and knee
extension and squat on the chair) in a dynamic manner,
without intervals of absolute rest throughout the session.
Exercise volume was increased over the 8-week protocol,
in which three sets of 6-8 repetitions at moderate intensity
(3 to 5 points on Borg scale) were performed in the first

four weeks and three sets of 10-12 repetitions at moderate
intensity were performed in subsequent weeks. The main
findings were a plasma reduction in the levels of thiobar-
bituric acid reactive substances (TBARS) and carbonyls
and an increased activity of superoxide dismutase (SOD).
Exercised patients also showed improvements in functional
fitness and sympathovagal balance. Therefore, the study
has addressed the importance of resistance training using
simple equipment such as elastic bands to reduce oxidative
stress and improve cardiac autonomic control and func-
tionality in chronic stroke survivors.

Excessive oxidative stress has been stimulated by exer-
cise. The increase in ROS can be dependent on the type,
duration, and load of the exercise [1]. ROS at low levels, a
phenomenon similar to hormesis, plays an important role
in exercise-induced physiological adaptation [2]. However,
excessive oxidative stress can result in impaired physical per-
formance and maladaptive skeletal muscle recovery [3].
Recently, experimental studies in rodents have indicated that
photobiomodulation (PBM) could be a new alternative to
modulate the excessive oxidative stress induced by exercise
[4–10]. Several positive findings were highlighted, including
(i) lower damage, inflammation, and lipoperoxidation of
muscle; (ii) increased activity of antioxidant enzymes; and
(iii) delayed muscle fatigue. On a translational perspective
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of these findings, in this special issue has included a random-
ized, triple-blind, placebo-controlled crossover trial con-
ducted by S. S. Tomazoni et al. The authors applied PBM
(using infrared low-level laser therapy; a total of 850 J of
energy) before a high-intensity progressive running test until
exhaustion in soccer players. The PBM application brought
about improvements in rates of oxygen uptake and time
until exhaustion. Moreover, PBM showed to decrease mus-
cle damage, interleukin 6 (IL-6), TBARS, and carbonylated
protein levels. On the other hand, PBM led to increased
activity of SOD and catalase (CAT) enzymes. Thus, PBM
could be a promising approach to improve physical perfor-
mance and to counter damage, inflammation, and oxida-
tive stress associated with running high-intensity exercise.
Further studies are needed to understand the influence of
different irradiation dosages and whether the effects pub-
lished by S. S. Tomazoni et al. can exist in distinct types
of exercises.

Several studies support the existence of an interdepen-
dent relationship between inflammation and oxidative stress
[11, 12]. Among factors playing a key role in skeletal muscle
pathophysiology and potentially linking inflammation and
oxidative stress, IL-6 is a possible candidate [13]. In this
regard, L. Forcina et al. tried to investigate whether elevated
circulating levels of the IL-6 could disturb the redox balance
in skeletal muscle, independent of tissue damage and inflam-
matory response. Using NSE/IL-6 transgenic mice character-
ized by systemically elevated levels of IL-6, the authors show
enhanced ROS production and accumulation in the dia-
phragm muscle. Alteration of the IL-6-linked homeostasis
redox appears to require a complex network of interactions
that involve the regulation of hydrogen peroxide, nicotin-
amide adenine dinucleotide phosphate-dependent superox-
ide scavengention, and mitochondrial antioxidant defense.
This special issue also covers the role of ROS played in the
development of cell death and cardiovascular diseases. The
review article of T. Xu et al. also explored the potential
application of the anti-ROS approach in the treatment of car-
diovascular diseases. First, the authors documented the dif-
ferent ROS sources and the role of ROS accumulation in
vascular dysfunction and cardiac remodeling. Second, the
proposal was to address the repercussion of excessive ROS
production in the induction of cell death. It has been regis-
tered as ROS is closely related to cardiomyocyte apoptosis,
autophagy, ferroptosis, and necrosis. Third, the authors
reviewed important aspects for several antioxidant agents,
including tripeptide glutathione, SOD, CAT, thioredoxin,
oxidative stress response transcription factors (e.g., AP-1,
HSF1, Nrf2, and FOXO3a), N-acetylcysteine, vitamin E,
and NAD+. The last concerns were targeted to clinical trials
that evaluated the impact of inhibiting oxidative stress in car-
diovascular diseases, in which they have failed to mitigate
cardiac remodeling and the evolution of heart failure.

Kynurenine (KYN) is a circulating tryptophan metabolite
that increases with age and is implicated in several age-
related disorders [14]. In this regard, H. Kaiser et al. hypoth-
esized that an increase in KYNwith age contributes to muscle
atrophy and oxidative stress. In vitro experiments showed
that KYN treatment of mouse and human myoblasts

increased levels of ROS. Young mice had higher muscle lipid
peroxidation and reduced muscle size and strength in
response to KYN treatment. Aged mice treated with indo-
leamine 2,3-dioxygenase inhibitor, an enzyme involved in
the generation of KYN, showed an increase in muscle fiber
size and muscle strength. Protein expression assays revealed
very long-chain acyl-CoA dehydrogenase as a factor
activated by KYN that may increase ROS and lipid peroxi-
dation. Collectively, these findings make it possible to con-
sider KYN involvement in sarcopenia with age. It appears
that the deleterious effects of chronic KYN exposure are
mediated by increased oxidative stress. V. Cenni et al. pre-
sented an interesting review that describes the effects of the
Ankrd2 modulation stimulate by mechanotransduction and
cellular ROS. Moreover, they demonstrated a possible rela-
tion with the pathogenesis of muscular laminopathies. First,
the authors documented the Ankrd2 in striated muscles
focusing on expression in skeletal and cardiac muscles, as
well as, mechanotransduction in skeletal muscle. They
demonstrated how physical exercise could stimulate an
Ankrd2 upregulation from oxidative and mechanical
stresses. Second, they proposed pathogenic mechanisms in
which Ankrd2 might be involved. Third, it showed the per-
spectives of the study of Lamin-AAnkrd2 interplay, specifi-
cally the mechanosignaling through Ankdr2 and therapeutic
perspectives. It is important to highlight that the authors
showed illustrations for the complex network that involve
the relation between Ankrd2 and pathogenesis of muscular
laminopathies.

Another interesting study was carried out by S. Q.
Rodríguez-Lara et al. which showed a pharmacological
approach to reduce ischemia-reperfusion (I/R) damage. This
phenomenon can be induced by cellular ROS, resulting in
deleterious effects on the lesion, and there is no pharmaco-
logical approach to avoid or decrease these dangerous effects.
However, the authors presented Telmisartan as a possible
pharmacological approach because it seems to affect the con-
centration and activity of enzymatic scavengers, which could
decrease lesion development. For this, male Wistar rats were
submitted to treatment with Telmisartan for seven days
before I/R lesion and then were evaluated at 1 h, 24 h, 72 h,
7, and 14 days following reperfusion. Muscle samples were
obtained to determine SOD-2 and CAT gene expression.
The biochemical assay was used to determine the oxidative
and antioxidative markers. Histological tissue evaluation
from the right gastrocnemius muscle was performed. The
main results were that the approach of Telmisartan (i) pro-
duced changes in the SOD-2 and CAT gene expression
regarding reperfusion, (ii) reduced oxidative markers levels
in the local tissue, and (iii) promoted injury attenuation
between 24h and 14 days. A novel pharmacological approach
with Telmisartan demonstrated to be promissory to reduce
damages during I/R damage. The elderly population has been
increasing, and sarcopenia became a vital topic to be studied
because it affects autonomy in daily life and compromises the
quality of life [15]. In this issue, N. Z. Azlan et al. described
several strategies to counter sarcopenia and among them pre-
sented the Chlorella vulgaris, a green alga that seems to pro-
mote muscle regeneration. The authors aimed to establish
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the effects of the differentiation of myoblast cells during the
formation of mature myotubes in culture. For this, human
myoblast cells were obtained from young men and women
and then were cultured on adequate conditions and stimu-
lates until reaching senescence. Cells were treated with Chlo-
rella vulgaris and incubated for up to seven days to induce
differentiation. Different techniques were used to analyze
the ability of Chlorella vulgaris to promote myoblast differ-
entiation (e.g., cellularmorphology, real-timemonitoring, cell
proliferation, senescence-associated B-galactosidase expres-
sion, myogenic differentiation, myogenic expression, and
cell cycle profiling). Chlorella vulgaris improved the regen-
erative capacity of young and senescent myoblasts,
stimulating differentiation, demonstrating to have a high
potential to treat sarcopenia.

K. P. Dzik et al. show in this issue the relations among
muscle atrophy and vitamin D deficiency. The authors
describe the muscle function affected by vitamin D defi-
ciency and the development of muscle atrophy. Lumbar
back pain (LBP) patients showed paravertebral muscle atro-
phy. The authors investigated muscle atrophy markers, sig-
naling proteins, and mitochondrial capacity in LBP patients
according to sex and vitamin D levels. Men and women
were distributed into three groups according to levels of
vitamin D received for five weeks. Three dosages of vitamin
D were established to reach deficiency, normal, and above
normal levels. The key results were that the vitamin D
deficiency-induced stress oxidative, which is involved in a
cascade of enzymatic events that leads to muscle atrophy
and mitochondrial dysfunction, is most present in women
due to higher Atrogin-1 levels. Normal or higher levels of
vitamin D increase the mitochondrial function and inhibit
muscle atrophy.

C. D. Pandya et al. described the role of oxidative stress
on aging and their mechanisms that results in sarcopenia
and osteoporosis. They empathize the possible effects of reg-
ulation of arginase from oxidative stress on the survival and
differentiation of myoblasts. The authors aimed to investigate
the arginase activity and expression in the skeletal muscle in
young and aged mice. First, arginase activity and arginase 1
expression were determined. Second, the expression of oxi-
dative stress-related signaling molecules in muscles of aged
mice was performed. Third, in vitro studies were conducted
with myoblast cell line (C2C12) and arginase inhibitor
(ABH). The main results were an elevated arginase activity
in aged muscle and a reduced NO production that occurs
by the competition for L-arginine and eNOS uncoupling.
Also, the authors highlighted that it is possible to prevent
or slow down the degenerative effect in muscle aging by lim-
iting arginase activity.

We hope that this special issue has been successful in pro-
viding new insights into the impact of oxidative stress in
muscle physiology and several muscle disorders. Editors con-
sidered the interdisciplinary nature of the papers included as
necessary to expand on fundamental concepts, i.e., basic
research as well as those important to applied sciences.
Therefore, the readers of this special issue should find infor-
mation of interest, relevant to their respective areas of scien-
tific investigations.
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Stroke survivors are at substantial risk of recurrent cerebrovascular event or cardiovascular disease. Exercise training offers
nonpharmacological treatment for these subjects; however, the execution of the traditional exercise protocols and adherence is
constantly pointed out as obstacles. Based on these premises, the present study investigated the impact of an 8-week dynamic
resistance training protocol with elastic bands on functional, hemodynamic, and cardiac autonomic modulation, oxidative stress
markers, and plasma nitrite concentration in stroke survivors. Twenty-two patients with stroke were randomized into control
group (CG, n = 11) or training group (TG, n = 11). Cardiac autonomic modulation, oxidative stress markers, plasma nitrite
concentration, physical function and hemodynamic parameters were evaluated before and after 8 weeks. Results indicated that
functional parameters (standing up from the sitting position (P = 0:011) and timed up and go (P = 0:042)) were significantly
improved in TG. Although not statistically different, both systolic blood pressure (Δ = −10:41mmHg) and diastolic blood
pressure (Δ = −8:16mmHg) were reduced in TG when compared to CG. Additionally, cardiac autonomic modulation
(sympathovagal balance–LF/HF ratio) and superoxide dismutase were improved, while thiobarbituric acid reactive substances
and carbonyl levels were reduced in TG when compared to the CG subjects. In conclusion, our findings support the hypothesis
that dynamic resistance training with elastic bands may improve physical function, hemodynamic parameters, autonomic
modulation, and oxidative stress markers in stroke survivors. These positive changes would be associated with a reduced risk of
a recurrent stroke or cardiac event in these subjects.

1. Introduction

Stroke, a neurological disease commonly caused in response
to abnormal blood perfusion of the brain tissue, is the leading
cause of permanent disability worldwide [1]. Neuromuscular
impairments, such as muscle loss, dynapenia, and reduced

muscle power are commonly observed in patients with stroke
and represent a crucial risk factor for the development of lim-
ited physical function, disability, and poor prognosis [2–4].

In addition to the neuromuscular alterations, marked
oxidative stress, impairment in blood pressure control mech-
anisms (e.g., baroreflex sensitivity), and severe autonomic
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dysfunction, characterized by an elevated sympathetic activ-
ity, combined with a reduced or unchanged parasympa-
thetic activity [5–7] might also been observed in stroke
survivors and collaborated to genesis of cardiovascular com-
plications (e.g., hypertension and myocardial infarction) in
this population [8].

On the other hand, the practice of physical exercise
has been considered an effective nonpharmacological strat-
egy for poststroke individuals, since it mitigates physical,
neurological, and cardiovascular sequelae. Indeed, prior
studies have found improved cardiovascular health and
physical function in stroke survivors after exercise training
protocols [9, 10].

Nevertheless, researchers have argued that resistance
training (RT), a type of physical exercise in which muscle
contractions occur against a predetermined load [11], should
receive priority attention in rehabilitation protocols for
stroke survivors to maximize gains in mobility and indepen-
dence [12]. A recent review of our group [12] indicated that
the benefits of RT in stroke survivors go beyond the neuro-
muscular system and may include improvements in anxiety
levels and quality of life.

However, most studies investigated RT protocols and
stroke were based on exercise and isokinetic machines, limit-
ing their external validity [12, 13]. Besides that, evidence for
the effects of RT on cardiac autonomic modulation and
oxidative stress markers in stroke survivors are still scarce.

Based on these premises, the present study investigated
the impact of an 8-week dynamic RT protocol with elastic
bands on the physical function, hemodynamic parameters,
cardiac autonomic modulation, oxidative stress markers,
and plasma nitrite concentration in stroke survivors. We
hypothesized that all these parameters may be improved in
response to our protocol of dynamic RT.

2. Materials and Methods

2.1. Experimental Design. This is an interventional, con-
trolled, randomized study conducted upon approval by the
São Judas Tadeu University Ethical Committee (São Paulo,
SP, Brazil) (CAAE: 64859916.0.0000.0089). The study was
conducted according to the Declaration of Helsinki and reg-
istered in the Brazilian database of clinical trials (Register ID:
U1111-1202-8242; 26/09/2017).

2.2. Participants. Participants were recruited by convenience
from the rehabilitation center of the Albert Sabin Municipal
Physiotherapy Center located in Poá, Brazil. Prior to recruit-
ment, volunteers of the present study were participating of a
physical activity program, which aimed to restore social life
and increase individual’s levels of physical movement. The
program was offered to those patients who have finished
the neurological poststroke rehabilitation program but stayed
at home for a long time and were not able to reestablish the
same performance of activities of daily living (ADL) and
social life that they had prior stroke. Motivational and reli-
gious dialogues were proposed at the beginning and end of
each session. Physical movements aimed to stimulate body
movement were performed with the individual’s sitting in a

chair for 25-30 minutes without external load. Movements
included put arms and legs up, down, forward, and back-
ward, rotate the trunk to the right and left sides, and move
the trunk forward and backward. Individuals who did not
want or could not perform the exercises were not discour-
aged from attending the sessions and were common to
observe that some of them went to the sessions to talk to
other people. Most individuals were from low-income fami-
lies and were taken to the rehabilitation center by a minibus
offered by the city hall. Sessions occurred twice a week for
40-50 minutes under the supervision of a physical educator.
A washout period of 4 weeks separated was concluded prior
to baseline evaluations.

Subjects were eligible to take part of the present study if
they: (a) aged 45-75 years; (b) were able to walk with or with-
out a walking aid; (c) were independent to perform basic
activities of daily living, according to Barthel index [14]; (d)
had a clinical diagnosis of stroke confirmed by computed
tomography or magnetic resonance imaging at least 6
months prior to enrollment; (e) lived in the community;
and (f) completed a standard neurological poststroke reha-
bilitation program. Candidate participants were excluded if
they were not able to sign the informed consent form, had
history of smoking or alcohol abuse in the last 6 months,
had history of uncontrolled hypertension and/or diabetes
mellitus according to medical records, used beta blockers,
showed disabling pain during exercise, were incapable to
perform exercise sessions and/or any of the evaluations
(self-reported), and not attended at least 90% of training ses-
sions. Participants had not been engaged in regular exercise
training programs during the previous 6 months, according
to the Baecke Habitual Physical Activity Questionnaire
[15], and no changes in dose and drug classes were registered
during the protocol.

Twenty-seven stroke patients were enrolled in this study
and five subjects were excluded. Twenty-two consenting
patients were randomized 1 : 1 into the control group
(CG, n = 11) and trained group (TG, n = 11) (Figure 1).

2.3. Resistance Training (RT) Intervention. The dynamic RT
protocol was performed two times per week over an 8-week
period with a 48 h rest interval provided between each exer-
cise session. Resistance exercises were performed using elas-
tic bands [16] (Thera Band®, Ohio, USA) and ankle wrist
weights. The physical exercises were performed in the follow-
ing order: (1st) seated row, (2nd) squat on the chair, (3rd) ver-
tical chest press, and (4th) knee extension (Figure 2). Physical
exercises were adapted due to the limitations caused by the
paretic limb in the range of motion (ROM). To seated row,
the paretic hand was anchored in the wrist of the nonparetic
hand, while the elastic band was positioned between the palm
of the paretic hand, the palm of the nonparetic hand, and the
wrist. To chest press, the elastic band was anchored in the
paretic side, and the abduction of the shoulder was per-
formed according to ROM limitations. No specific changes
were performed in squat on the chair exercise. The nonpare-
tic limb executed the exercises across the full ROM.

The dynamic resistance training protocol consisted of
a sequence of 3 combinations of 2 consecutive exercises
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(i.e., seated row and squat on the chair, vertical chest press
and squat on the chair, knee extension and squat on the
chair) in a dynamic manner, without intervals of absolute
rest throughout the session. The concentric contractions
were performed as fast as possible, while the eccentric con-
tractions were performed within 3 s. The exercise volume
was increased over the 8-week protocol, so that 3 sets of 6-8
repetitions at moderate intensity (3 to 5 points on adapted
Borg Scale of 1-10 [17]) were performed in the first 4 weeks
and 3 sets of 10-12 repetitions at moderate intensity were
performed in subsequent weeks.

The exercise intensity was controlled according to the
tension of elastic bands based on the rate of perceived exer-
tion (RPE) method [17]. According to a study by Colado
and Triplett [18], the combination of target repetitions with
a subjective effort scale may be considered a valid strategy
to control the intensity when RT is performed with elastic
bands. The RPE was reported after the end of each set of
exercise and, if the participant reported an RPE below the

expectations (low intensity), the tension of the elastic band
was increased (moderate intensity).

All patients were performed neurological physical ther-
apy treatment two times per week in addition to the 8-week
RT program.

2.4. Control Group (CG). Patients in the CG remained per-
formed two sessions per week over 8 weeks of a neurological
physical therapy program, which consisted of physical move-
ments that mimic basic and instrumental ADL, postural
changes, and gait exercises on parallel bars.

2.5. Evaluations

2.5.1. Functional Parameters. A researcher detailed the oper-
ational procedures, demonstrated the test, and evaluated the
motor pattern of participants during each physical perfor-
mance test. All participants performed a familiarization trial
to ensure that they had understood the test. All tests were

CONSORT 2010 flow diagram

Assessed for eligibility (n = 27)

Lost to follow-up (give reasons) (n = 0)

Discontinued intervention (give reasons) (n = 0)

(i)
(ii)

(iii)

Lost to follow-up (give reasons) (n = 0)

Discontinued intervention (give reasons) (n = 0)

Allocation

Analysis

Follow-up

Randomized (n = 22)

Enrollment

Excluded (n = 5)
Not meeting inclusion criteria (n = 0)
Declined to participate (n = 03)
Other reasons (n = 02)

(i)

Analysed (n = 11)
Excluded from analysis (give reasons) (n = 0)(i)

(ii)
(iii)

Allocated to intervention TG (n = 11)
Received allocated intervention (n = 11)
Did not receive allocated intervention (give

reasons) (n = 0) 

(i)
(ii)

Allocated to intervention CG (n = 11)
Received allocated intervention (n = 11)
Did not receive allocated intervention (give

reasons) (n = 0) 

(i)
(ii)

Excluded from analysis (give reasons) (n = 0)
Analysed (n = 11)

(i)

Figure 1: CONSORT flow diagram.
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performed in triplicate, and the mean result was used in the
final analysis. A 1min rest was allowed between consecutive
trials. Four physical tests were administered in the following
order: (a) isometric handgrip of paretic and nonparetic limbs
(IHGPL and IHGNPL), (b) 10m walking test (10MWT), (c)
five-repetition sit-to-stand (5XSTS), and (d) timed “up and
go” (TUG).

2.5.2. Isometric Handgrip of Paretic and Nonparetic Limbs.
Isometric handgrip strength was measured using a Jamar®
handheld hydraulic dynamometer (Sammons Preston,
Bolingbrook, IL, USA). The measure was obtained with the
participant seated in a chair with the shoulders abducted,

elbows near the trunk and flexed at 90°, and wrists in a
neutral position (thumbs up). The contralateral arm
remained relaxed under the thigh. To determine handgrip
strength, participants performed a maximal contraction dur-
ing 3-5 s with the paretic (IHGPL) and nonparetic (IHGNPL)
limbs [19]. The maximum grip strength (kgf) was taken from
the digital display. The test reliability in the present study
was ≥0.8 (κ = 0:99).

2.5.3. 10m Walking Speed (10MWT). Walking speed was
measured over 10m. Participants were required to walk
12m at their fastest possible pace without running. Before
the evaluation, both feet of each participant remained on
the starting line. The time measurement started when a foot
reached the 1m line and was stopped when a foot reached
the 11m line. The 1m intervals at the beginning and the
end of the course were used to avoid early acceleration and/or
deceleration [20]. The following formula was used to calcu-
late walking speed:

10MWT = 10
time to complete the test

: ð1Þ

The test reliability in the present studywas≥0.8 (κ = 0:98).

2.5.4. 5-Repetition Sit-To-Stand (5XSTS). Participants were
requested to rise from a standard armless chair five times as
quick as possible with arms folded across the chest. The stop-
watch was started when participants raised their buttocks off
the chair and was stopped when participants seated back at
the end of the fifth stand [21]. The test reliability in the
present study was ≥0.8 (κ = 0:95).

2.5.5. Timed “Up and Go.” The TUG involved getting up
from a chair (total height: 87 cm; seat height: 45 cm; width:
33 cm), walking three meters around a cone placed on the
floor, coming back to the same position, and sitting back on
the chair. The volunteer wore regular footwear, with the back
against the chair, arms resting on the chair’s arms, and the
feet in contact with the ground. A researcher instructed the
volunteer to, on the word “go,” get up, walk as fast as possible
without compromising safety through the demarcation of
three meters on the ground, turn, return to the chair, and
sit down again. The timing was started when participants
got up from the chair and was stopped when the participants
back touched the backrest of the chair [22, 23]. The test
reliability in the present study was ≥0.8 (κ = 0:95).

2.5.6. Hemodynamic Parameters

(1) Blood Pressure Measurement. Blood pressure (BP) was
measured between 08 : 00 and 10 : 00 am according to the
procedures detailed in the 7th Brazilian Arterial Hyperten-
sion Guidelines [24]. Participants were instructed to refrain
from exercising during the previous 48 h and from drinking
caffeinated beverages and/or alcohol 24 h before the evalu-
ation. After remained seated on a comfortable recliner
chair for 15min in a quiet room, an appropriate cuff
was placed at approximately the midpoint of the participant’s
upper left arm. An automatic, noninvasive, calibrated, and

Seated row

Squat on the chair

Vertical chest press

Knee extension

Figure 2: Representation of resistance training protocol execution.
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validated arterial BP monitor (Microlife-BP 3BT0A, Micro-
life, Widnau, Switzerland) [24] was used to measure systolic
BP (SBP), diastolic BP (DBP), and heart rate (beats per min,
bpm). The double product (DP) was calculated as follows:

DP = SBP × heart rate: ð2Þ

(2) Assessment of Heart Rate Variability (Cardiac Autonomic
Modulation). A Polar V800 heart rate monitor (Polar Electro
Oy, Kempele, Finland) was used to continuously record
beat-to-beat intervals (R-R interval) with the patients in
the supine position [25]. The spectrum resulting from the
fast Fourier transforms modeling was derived from the
highest value in one of the for 5-minute window recorded;
it includes the entire signal variance, regardless of whether
its frequency components appear as specific spectral peaks
or as nonpeak broadband powers. The R-R interval vari-
ability was evaluated in the time and frequency domains.
Spectral power for low (LF: 0.03–0.15Hz) and high (HF:
0.15–0.4Hz) frequency bands was calculated using power
spectrum density integration within each frequency band-
width, using a customized routine (MATLAB 6.0, Natick,
MA, USA). The LF/HF ratio was calculated based on nor-
malized LF and HF. The time domain measurements
included standard deviation of the of normal sinus beats
(SDNN, ms) and root mean square of successive R-R inter-
val differences (RMSSD, ms).

The nonlinear geometric measures have been derived
from the 5-minute Poincaré plot representing a diagram in
which each R-R interval of tachogram is plotted against the
previous R-R interval. The length of the longitudinal line is

defined as the SD2 of the plot data. The length of the
transverse line is defined as the SD1 of the plot data in a
perpendicular direction.

2.5.7. Oxidative Stress Markers. Blood samples were col-
lected by venipuncture in heparinized vacutainers after
12 h fasting and immediately centrifuged at 4000 rpm for
5min to separate plasma. Participants were advised to
avoid foods rich in nitrates (e.g., beet, cabbage, spinach,
lettuce) the day before blood collection. Protein concen-
tration was determined according to the method described
by Lowry et al. [26], using bovine albumin solution at a
concentration of 1mg/mL as the standard and 10 μL
samples.

Thiobarbituric acid reactive substances (TBARS), car-
bonyls, NADPH oxidase, hydrogen peroxide (H2O2), super-
oxide dismutase (SOD), and plasma nitrite analyses were
conducted in accordance with Jacomini et al. [27].

2.6. Statistical Analysis. Data distribution and equality of
variance were tested by the Shapiro-Wilk and Levene tests,
respectively. Repeated measures ANOVA (followed by the
Sidak post hoc test) was used to detect differences between
different times of evaluations and treatments. 10MWT (s),
SBP (mmHg), and HF band (ms2) showed irregular distribu-
tion and within- and between-group differences were
analyzed using the Wilcoxon and Mann–Whitney tests,
respectively. Chi-square (χ2) statistics were used to compare
categorical variables. Cohen’s ES d was calculated to assess
the magnitude of the results. Delta (Δ) values were calculated
as follows:

Δ =Mean post −Mean baseline: ð3Þ

Table 1: Baseline clinical characteristics of participants.

CG (n = 11) TG (n = 11) P value

Age (years) 60:5 ± 13:2 66:4 ± 10:1 0.334

Body mass index (kg/cm2) 26:0 ± 3:2 25:4 ± 2:9 0.089

Women (%) 63:6 54:5 0.120

Poststroke duration (years) 4:9 ± 4:2 6:6 ± 5:0 0.120

Paretic side (left) (%) 90:9 54:5 0.987

Basic functional independence (Barthel Index) 90:0 ± 6:3 87:3 ± 11:9 0.350

Baecke Habitual Physical Activity Questionnaire 3:8 ± 0:6 3:2 ± 0:4 0.884

Associated comorbidities (%)

Hypertension 90.9 90.9 1.000

T2DM 54.5 56.4 0.916

Medications (%)

ACE inhibitors 70.3 74.5 0.842

HMG-CoA reductase inhibitor 88.2 85.3 0.859

Diuretics 77.8 75.9 0.898

Acetylsalicylic acid 45.3 47.8 0.973

Antidiabetics 55.7 58.2 0.948

Data are shown as mean ± SD. CG: control group; TG: training group; T2DM: diabetes mellitus type II; ACE: angiotensin-converting enzyme; HMG-CoA:
3-hydroxy-3-methylglutaryl coenzyme A reductase.
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The level of significance was set at alpha = 5% (P < 0:05),
and all analyses were performed using the GraphPad Prism
7.00 (San Diego, CA).

3. Results

Twenty-seven volunteers were recruited and accepted to be
evaluated for eligibility. Three candidates declined to par-
ticipate, while two decided to engage in another exercise
program, leaving a total of 22 stroke survivors who were
randomized into two groups (i.e., CG [N = 11] or TG
[N = 11]). There were no withdrawals from either group
(Figure 1).

The baseline characteristics of the study participants are
shown in Table 1. The mean time since stroke was 5 years.
The mean age of the whole sample was 62:2 ± 10:8 years
and the mean body mass index (BMI) value was 24:8 ± 3:0
(kg/m2). The most common pharmacological therapy was
diuretics, followed by statins, angiotensin-converting enzyme
inhibitor (ACEi), and antidiabetic agents, which can be

explained by the high prevalence of hypertension and type
2 diabetes mellitus observed in our sample. No significant
differences were observed among the groups.

3.1. Physical Function. Physical function is shown in Table 2.
No significant differences were observed among the groups
at baseline. After 8 weeks, TG improved 10MWT
(P = 0:0001, Δ = −38:3%, d = −0:8), sit-to-stand (P = 0:0001,
Δ = −30:6%, d = −1:9), and TUG tests (P = 0:0001, Δ = −
23:0%, d = −0:7). In contrast, a significant reduction in
IHGPL (P = 0:017, Δ = −24:0%, d = −0:3) and IHGNPL
(P = 0:016, Δ = −16:8%, d = −0:4) was observed in the
CG. Between-group comparisons indicated better TUG
(P = 0:042, Δ = −28:2%; d = −1:2) and sit-to-stand
(P = 0:011, Δ = −29:1%, d = −1:5) performances in TG
when compared to CG. A larger ES classification was
attributed to changes on 10MWT in TG in comparison
to CG (d = −0:9).

3.2. Hemodynamic Parameters. Hemodynamic parameters
are shown in Table 3. No significant differences were

Table 2: Physical function at baseline and after 10 weeks.

Variables
CG (n = 11) Δ (ES)

TG (n = 11) Δ (ES)
Baseline Post Baseline Post

IHGPL (kgf) 10:4 ± 8:9 7:9 ± 7:7 ∗ -2.5 (0.3) 13:8 ± 10:7 13:9 ± 10:0 0.1 (-0.0)

IHGNPL (kgf) 28:5 ± 13:9 23:7 ± 10:8 ∗ -4.8 (0.4) 28:5 ± 7:3 28:1 ± 8:0 -0.4 (0.1)

10MWT (s) 14.5 (10.4–31.5) 13.5 (10.0–32.0) 0.7 (-0.1) 13.8 (10.0–42.4) 10.2 (7.9–22.2)∗† -6.4 (0.8)

Sit-to-stand (s) 15:1 ± 2:9 14:4 ± 2:4 -0.7 (0.3) 15:7 ± 3:0 11:3 ± 1:7∗† -4.4 (1.9)

TUG (s) 22:2 ± 9:3 22:0 ± 7:1 -0.2 (0.0) 19:2 ± 8:3 14:1 ± 5:6∗† -5.1 (0.7)

SD: standard deviation of the mean; ES: effect size; CG: control group; TG: training group; IHGPL: isometric handgrip of the paretic limb; IHGNPL: isometric
handgrip of the nonparetic limb; 10MWT: 10-meter walking speed; TUG: timed up and go. Data are shown as mean ± SD or median; ∗P < 0:05 vs. baseline;
†P < 0:05 vs. CG.

Table 3: Hemodynamic and autonomic parameters at baseline and after 10 weeks.

Variables
CG (n = 11) Δ (ES)

TG (n = 11) Δ (ES)
Baseline Post Baseline Post

Hemodynamics

SBP (mmHg) 133 (94-139) 129 (99-140) 0.3 (-0.0) 130 (94–139) 121 (95–137) -5.6 (0.4)

DBP (mmHg) 79:2 ± 11:9 79:8 ± 10:9 0.6 (-0.1) 72:5 ± 14:4 71:6 ± 12:4 -0.9 (0.1)

HR (bpm) 74:8 ± 14:4 76:5 ± 11:2 1.7 (-0.1) 71:5 ± 11:9 65:1 ± 9:5† -6.4 (0.6)

DP (mmHg × bpm) 9938:1 ± 2226:8 9949:5 ± 1852:6 10.9 (0) 8890:6 ± 1607:1 7722:0 ± 1375:2† -1168.0 (0.8)

Autonomics

Time domain indexes

SDNN (ms) 20:4 ± 8:2 19:4 ± 6:8 -1.0 (0.1) 23:9 ± 7:5 33:3 ± 10:8∗† 9.4 (-1.0)

rMSSD (ms) 17:2 ± 9:9 12:7 ± 5:2 -4.5 (0.6) 16:6 ± 8:3 23:7 ± 11:6∗† 7.1 (-0.7)

Nonlinear indexes

SD1 (ms) 12:2 ± 7:0 9:0 ± 3:7 -3.2 (0.6) 11:7 ± 5:8 16:8 ± 8:2∗† 5.1 (-0.7)

SD2 (ms) 25:7 ± 10:5 25:7 ± 9:6 0 (0) 31:3 ± 10:5 43:1 ± 15:9∗† 11.8 (-0.9)

SD: standard deviation of the mean; ES: effect size; CG: control group; TG: training group; SBP: systolic blood pressure; DBP: diastolic blood pressure; DP:
double product; SDNN: selected standard deviation of normal R-R intervals; rMSSD: square root of the mean squared differences between adjacent normal
R-R intervals, expressed in ms; SD1: short variation of R-R interval; SD2: represents HRV in long-term records. Data are shown as mean ± SD or median;
∗P < 0:05 vs. baseline; †P < 0:05 vs. CG.
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observed among the groups at baseline. SBP and DBP
remained unchanged in both TG and CG over the experi-
mental period. In contrast, heart rate (P = 0:047, Δ = −11:5,
d = −0:6) and DP (P = 0:011, Δ = −13:1%, d = −1:4) were
significantly reduced in TG in comparison with CG after 8
weeks (P = 0:047, Δ = −11:5, d = −0:6).

3.3. Cardiac Autonomic Modulation. Cardiac autonomic
modulation parameters are shown in Table 3 and Figure 3.
No significant differences were observed among the groups

at baseline. SDNN (P = 0:0001, Δ = 39:3%, d = 1:0), rMSSD
(P = 0:014, Δ = 30%, d = 0:70), SD1 (P = 0:014, Δ = 30:4%,
d = 0:71), SD2 (P = 0:002, Δ = 27:3%, d = 0:87), LF band
in ms2 (Figure 3(a), no difference was observed), LF band
in nu (Figure 3(b)) (P = 0:004, Δ = −29:9%, d = −1:5), HF
band in ms2 (Figure 3(c), no difference was observed), HF
in nu (Figure 3(d)) (P = 0:003, Δ = 57:0%, d = 1:5), and
LF/HF ratio (Figure 3(e)) (P = 0:004, Δ = −1:56%, d = −1:5)
were improved in response to exercise when compared to
baseline values and CG. On the other hand, elevated LF
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(nu) (P = 0:006, Δ = 36:7%, d = 1:5) and reduced HF (nu)
(P = 0:006, Δ = −42:6%, d = −1:5) were observed in CG in
comparison to baseline.

3.4. Oxidative Stress Markers. Oxidative stress markers are
shown in Figures 4 and 5. No significant differences were
observed among the groups at baseline. TG improved
TBARS (Figure 4(a); P = 0:0428), carbonyls (Figure 4(b);
P < 0:0001), and SOD (Figure 5(a); P = 0:0001) levels in com-
parison to baseline and CG. CAT (Figure 5(b); P = 0:3219)
and nitrite (Figure 5(c); P = 0:5662) levels were unchanged
over the experimental period.

4. Discussion

The main findings of the present study indicate that 8-week
dynamic resistance training protocol with elastic bands
improved physical function, hemodynamic parameters,
autonomic modulation, and oxidative markers in stroke
patients. In contrast, a significant reduction in upper-limb
muscle strength (i.e., IHGPL and IHGNPL) was observed
in CG.

Although many studies [28–30] have investigated the
effects of RT on the physical of stroke survivors, results are
still not conclusive. Supporting our findings, Hill et al. [30]
observed significative improvements in the gait ability and

TUG performance of stroke patients after a lower-limb
high-intensity RT protocol. On the other hand, no RT effects
in gait velocity were reported in other protocols [28, 29, 31].

A possible explanation for the differences among the
studies may that concentric contractions in the present study
were performed as fast as possible, given that many aspects of
the physical function seem to be more closely associated with
muscle power than muscle strength [32] and greater gains in
physical performance have been observed after power train-
ing in comparison to traditional RT [32–34].

These findings have important clinical and public health
implications since better physical performance in patients
with stroke is associated with a higher likelihood of social
integration, independence to perform ADL, and better
quality of life [35–37]. Besides that, stroke survivors with
poor physical function are more likely to experience a
recurrent stroke and die in a short-term interval after the
first event in comparison with those with proper physical
function [38, 39].

Another significant finding of the present study is
regarding the importance of upper-limb resistance exercises
to stroke survivors since IHGPL and IHGNPL were signif-
icantly reduced in CG, while it remained unchanged in
TG. IHG has been used as an essential measurement of
muscle strength, and it is well-accepted as part of the
assessment of sarcopenia [40, 41]. Nevertheless, IHG is
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Figure 4: Oxidant markers. (a) Thiobarbituric acid reactive substances. (b) Carbonyls. (c) NADPH oxidase. (d) Nitrite peroxide (H2O2). Data
are shown as mean ± SD. CG: control group; TG: training group. ∗P < 0:05 in comparison to baseline; †P < 0:05 in comparison to CG at the
same moment.
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strongly associated with upper-limb muscle strength in
stroke, and it has a critical role in the physical performance
of this population [3, 38].

No significant differences in SBP (Δ = −10:41mmHg)
and DBP (Δ = −8:16mmHg) were observed between TG
and CG after 8 weeks. These findings are supported by prior
studies that observed reduced blood pressures in hyperten-
sive people after exercise training [42–44] and indicate that
our exercise protocol may be associated with a significant
reduction in cardiovascular and restroke risk [42, 45].

A recent meta-analysis of 12 studies evaluated the
effects of aerobic exercises on blood pressure values of
stroke survivors and found reductions of 4.3mmHg and
2.5mmHg in SBP and DBP, respectively, after the interven-
tion [43]. Similarly, most randomized clinical trials investi-
gating pharmacological therapy showed blood reductions of
approximately 5mmHg for SBP and 4mmHg for DBP
[39, 45]. Therefore, RT effects on blood pressure of stroke
survivors are favorably similar or even more substantial
than the impact of aerobic exercise and pharmacological
therapy, suggesting that RT may be an essential tool in
the management of blood pressure and cardiovascular risk
in patients with stroke [42–44].

Cardiac autonomic modulation and oxidative stress
markers were investigated as two possible mechanisms
associated with blood pressure lowering in response to

RT. Our findings suggest that RT improved vagal modulation
(i.e., rMSSD, SD1, SD2, HF) and sympathovagal balance
(i.e., LF/HF ratio).

Notably, changes in cardiac autonomic modulation
are not commonly observed in response to RT protocol
[44, 46, 47], while substantial evidence have reported this
phenomenon after aerobic training [47, 48]. A hypothesis
that may account for our findings lies in the dynamic charac-
teristic of our RT protocol, in which absolute rest intervals
between sets and exercises were not provided, so that the car-
diovascular and neuromuscular systems were stimulated
simultaneously throughout each session [49]. In this context,
our RT protocol had an aerobic component able to improve
cardiac autonomic modulation, as usually occurs with the
practice of aerobic training [47, 48].

Although exercise may acutely increase reactive oxygen
species, a compensatory mechanism seems to occur after
chronic exercise training, in which exercise training upregula-
testhe amount and efficiency of antioxidant enzymes [48].
Findings of the present study support this hypothesis by
observing increased SOD levels and reduced TBARS and
carbonyls levels after RT.

There are some limitations in the present study which
should be addressed by future investigations to confirm and
expand our findings, as the short period of intervention and
the absence of muscle strength assessments of all trained
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muscle groups. Our sample size is also a limitation of our
study since a post hoc sample size calculation estimated that
about 14 participants in each group would be needed to
detect improvements in physical function, hemodynamic
parameters, and oxidative markers considering within- and
between-group comparisons, with 80% power at the 5% sig-
nificance level. Finally, unexpected changes on upper-limb
muscle strength (i.e., IHGPL and IHGNPL) and autonomic
modulation (i.e., RMSSD and SD1) were observed in CG.
Although pain (Terwee et al., 2006), white matter lesions
(Zerna et al., 2018), or even the presence of other comorbid-
ities may explain the substantial declines in IHGPL and
IHGNPL, as well as psychosocial stress may impact cardiac
modulation (Lucini et al., 2005), future studies are still
needed to confirm our findings.

5. Conclusions

Our findings indicate that an 8-week dynamic resistance
training protocol with elastic bands improved physical func-
tion, hemodynamic parameters, autonomic modulation, and
oxidative stress markers in chronic ischemic stroke survivors.
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The effects of preexercise photobiomodulation therapy (PBMT) to enhance performance, accelerate recovery, and attenuate
exercise-induced oxidative stress were still not fully investigated, especially in high-level athletes. The aim of this study was to
evaluate the effects of PBMT (using infrared low-level laser therapy) applied before a progressive running test on functional
aspects, muscle damage, and inflammatory and oxidative stress markers in high-level soccer players. A randomized, triple-blind,
placebo-controlled crossover trial was performed. Twenty-two high-level male soccer players from the same team were recruited
and treated with active PBMT and placebo. The order of interventions was randomized. Immediately after the application of
active PBMT or placebo, the volunteers performed a standardized high-intensity progressive running test (ergospirometry test)
until exhaustion. We analyzed rates of oxygen uptake (VO2 max), time until exhaustion, and aerobic and anaerobic threshold
during the intense progressive running test. Creatine kinase (CK) and lactate dehydrogenase (LDH) activities, levels of
interleukin-1β (IL-1-β), interleukin-6 (IL-6), and tumor necrosis factor alpha (TNF-α), levels of thiobarbituric acid (TBARS)
and carbonylated proteins, and catalase (CAT) and superoxide dismutase (SOD) activities were measured before and five
minutes after the end of the test. PBMT increased the VO2 max (both relative and absolute values—p < 0:0467 and p < 0:0013,
respectively), time until exhaustion (p < 0:0043), time (p < 0:0007) and volume (p < 0:0355) in which anaerobic threshold
happened, and volume in which aerobic threshold happened (p < 0:0068). Moreover, PBMT decreased CK (p < 0:0001) and
LDH (p < 0:0001) activities. Regarding the cytokines, PBMT decreased only IL-6 (p < 0:0001). Finally, PBMT decreased TBARS
(p < 0:0001) and carbonylated protein levels (p < 0:01) and increased SOD (p < 0:0001)and CAT (p < 0:0001) activities. The
findings of this study demonstrate that preexercise PBMT acts on different functional aspects and biochemical markers.
Moreover, preexercise PBMT seems to play an important antioxidant effect, decreasing exercise-induced oxidative stress and
consequently enhancing athletic performance and improving postexercise recovery. This trial is registered with Clinicaltrials.gov
NCT03803956.
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1. Introduction

In soccer, as well as in other high-level sport activities, players
experience acute muscle fatigue in the hours or even days fol-
lowing a single match [1, 2]. Since the number of competitive
matches per season is very high (up to 65 to 76 matches per
season) and the time to recovery between two successive
matches may be insufficient (around 72 to 96 hours), players
may experience also chronic fatigue [1–3]. The development
of muscle fatigue is a complex and multifaceted process that
may be associated with muscular oxidative stress [4] caused
by increased reactive oxygen species (ROS) production after
strenuous exercise [5, 6]. The process of fatigue leads to a
decline in physical performance and injury in some cases
[1–3]; therefore, it is indispensable that athlete recovery be
as fast and effective as possible [7].

A recovery strategy involves the implementation of a sin-
gle technique or a combination of techniques in order to
enhance and accelerate recovery after matches and to best
prepare the athlete for the next match, besides potentially
reducing the risk of injuries [7, 8]. Among them, the most
widely used are nutritional strategies [9–12], active recovery
[13, 14], cold water immersion [15, 16], compression gar-
ments [17], and massage [18]. However, the evidence about
the effectiveness of some of these strategies to recovery is still
conflicting [17–19].

Some ergogenic agents associated with recovery strate-
gies may be used for enhanced performance in high-level
sports activities [20]. Supplements such as creatine are
widely used for this purpose [21]. Currently, increasing evi-
dence has demonstrated the potential of photobiomodula-
tion therapy (PBMT) as an ergogenic agent, since it is
able to enhance athletic performance, as well as improve
postexercise recovery [22–29].

PBMT is a nonthermal therapy that uses nonionizing
light sources, such as lasers, light-emitting diodes (LEDs),
and broadband light from the visible to the infrared spec-
trum, to interact with chromophores and trigger photochem-
ical and photophysical reactions in different tissues [30].
Studies have demonstrated the positive effects of PBMT in
improving biomarkers related to muscle damage [31], modu-
lating inflammation [32, 33], and decreasing oxidative stress
[33, 34]. Moreover, it has been shown that PBMT is able to
increase the number of repetitions, time until exhaustion,
and peak torque (strength) if applied before an exercise ses-
sion [31]. Despite the existence of data reporting neutral
effects of PBMT on athletic performance, this absence of ben-
efit is often related to the lack of adherence to the optimal or
optimized parameters and/or to the clinical and scientific
recommendations to apply the therapy [30, 31]. Moreover,
the current evidence points to beneficial effects of this ther-
apy (for more details, read the clinical and scientific recom-
mendations authored by Leal-Junior et al. [30] and the
systematic review with meta-analysis authored by Vanin
et al. [31]).

In recent years, there was an exponential increase of evi-
dence about the use of PBMT for enhancing performance
and also accelerating postexercise recovery. However, some
aspects have not been fully and/or well established so far.

There are still few studies that have been performed in order
to investigate the effects of PBMT as an ergogenic agent in
high-level athletes [7, 32, 33, 35–37], and studies on the
effects of PBMT on aspects related to aerobic endurance,
for instance, are even more scarce [36]. In addition, although
some studies have investigated the effects of preexercise
PBMT on oxidative stress [33–35], the evidence remains con-
flicting, and the role of the therapy as redox intervention to
enhance performance and postexercise recovery is still not
well understood.

To the best of our knowledge, there are no studies evalu-
ating the acute effects of PBMT on aerobic capacity, as well as
on markers of muscle damage, inflammation, and oxidative
stress of high-level soccer players. Moreover, differently to
another previous study investigating the effects of infrared
low-level laser therapy PBMT in a progressive running test
in healthy untrained individuals [34], our study used an opti-
mized dose [32] and optimized power output [33] previously
tested in high-level soccer athletes.

Then, we hypothesized that preexercise PBMT, with opti-
mized parameters, can increase aerobic capacity and decrease
muscle damage and inflammation through decreased oxida-
tive stress and increased antioxidant activity.

Therefore, we performed this study aiming to evaluate
the effects of PBMT (using infrared low-level laser therapy)
applied before a progressive running test on functional
aspects, muscle damage, and inflammatory and oxidative
stress markers in high-level soccer players.

2. Methods

2.1. Study Design and Ethics Statements. A randomized,
triple-blind (evaluators, therapist, and volunteers), placebo-
controlled crossover trial was performed at the Laboratory
of Phototherapy and Innovative Technologies in Health
(LaPIT), Nove de Julho University, São Paulo, Brazil. This
trial received approval from the institutional Research
Ethics Committee (Protocol No. 397774/2011), and the pro-
tocol has been prospectively registered on Clinicaltrials.gov
(NCT03803956). There were no deviations from the regis-
tered protocol.

2.2. Characterization of Sample. Twenty-two high-level male
soccer players from the same team were recruited. The sam-
ple size was calculated based on a previous trial conducted by
our research group [34], in which the primary outcome (oxy-
gen uptake relative to body mass—VO2 max relative), the
PBMT device, and the standardized progressive running
exercise protocol were the same employed in our study.
The sample size was calculated considering a β of 20% and
an α of 5%. The decision to recruit volunteers from the same
team was made to enhance the homogeneity of the sample.

2.3. Inclusion Criteria

(i) High-level soccer players

(ii) Age between 18 and 35 years

(iii) Male gender
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(iv) Minimum of 80% participation in team practice ses-
sions in the last two months

(v) Agreement to participate through signed statement
of informed consent

2.4. Exclusion Criteria

(i) History of musculoskeletal injury to hips, knees, or
ankles in the previous 2 months

(ii) Use of pharmacological agents for chronic
injuries/diseases

(iii) Smokers and alcoholics

(iv) Occurrence of musculoskeletal injury during the
study

(v) Any change in practice routine in relation to the rest
of the team during the study

(vi) Any change in nutritional routine (including supple-
ments intake) during the study

2.5. Randomization and Blinded Procedures. The order of
intervention was randomized. We generated codes through
a website (random.org) to ensure that 50% of the volunteers
received the active intervention and 50% of the volunteers
received the placebo intervention at the first stage, in order
to counterbalance participants between the two interventions
tested (active PBMT and placebo PBMT) during execution of
the two stages. During the second stage, volunteers received
the opposite treatment compared to their first stage. Ran-
domization was performed by a participating researcher not
involved with the recruitment or evaluation of volunteers.
This same researcher was responsible for programming the
PBMT device according to the result of the randomization
and he/she was instructed not to disclose the programmed
intervention to the therapist, the assessors, or any of the vol-
unteers and other researchers involved in the study until its
completion. The PBMT device used in the present study
emitted the same sounds, regardless of the programmed
mode (active or placebo PBMT), and the infrared light was
not visible. Concealed allocation was achieved through the
use of sequentially numbered, sealed, and opaque envelopes.

2.6. Interventions. The active PBMT and placebo PBMT were
performed using the same device and the irradiated sites were
the same in both therapies.

2.6.1. Photobiomodulation Therapy. A five-diode cluster laser
device was used. The optical power was verified before irradi-
ation in each volunteer using a Thorlabs thermal power
meter (Model S322C; Thorlabs, Newton, NJ, USA). PBMT
was applied using a dose of 10 J per diode (50 J per site) as
previously optimized by Aver Vanin et al. [32], and with a
power output of 100mW also previously optimized by De
Oliveira et al. [33]. The full description of PBMT parameters
is provided in Table 1. PBMT was performed in direct con-
tact with the skin at nine different sites of the knee extensor
muscles (three medial, three lateral, and three central sites),

six different sites of the knee flexor muscles (three medial
and three lateral sites), and two different sites of the ankle
plantar flexor muscles (one medial and one lateral site) of
both lower limbs, and these sites were the same used in pre-
vious studies [7, 38, 39] (Figure 1). As the cluster had 5 diodes
and 17 different sites were irradiated, a total of 85 points were
irradiated in each lower limb, with a total of 850 J of energy
delivered per lower limb (50 J per site). The use of a cluster
probe was fundamental, considering the extensive irradiation
area covered in the present study.

2.6.2. Placebo Therapy. Placebo PBMT was delivered using
the same device as the active PBMT but without any emission
of therapeutic dose or power. Volunteers received a total dose
of 0 J in the placebo mode. Placebo PBMT was applied in the
same sites and with the same time of irradiation as the active
PBMT. To ensure blinding, the device emitted the same
sound regardless of the programmed mode (active or placebo
PBMT).

2.7. Procedures. The study was performed in two stages, since
it was a crossover study, with a washout period of 14 days
between stages. The Consolidated Standards of Reporting
Trials flowchart that summarizes the experimental proce-
dures and volunteers is shown in Figure 2.

2.7.1. Blood Samples and Biochemical Analysis. Blood sam-
ples (10ml) were taken by a qualified nurse (blinded to group
allocation) from the antecubital vein of the volunteers before

Table 1: PBMT parameters and specifications.

Wavelength 810 nm (infrared)

Number of diodes 5

Frequency Continuous output

Optical output
(per diode)

100mW or 0mW (placebo)

Spot size (per diode) 0.0364 cm2

Power density
(per diode)

2.75W/cm2 or 0.00W/cm2

(placebo)

Energy (per diode) 10 J

Energy density
(per diode)

275 J/cm2 or 0 J/cm2

(placebo)

Exposure time 100 s

Number of irradiated
sites per lower limb

9 sites on knee extensor muscles
(3 medial, 3 lateral, and 3 central)
6 sites on knee flexor muscles

(3 medial and 3 lateral)
2 sites on plantar flexor muscles

(1 medial and 1 lateral)

Total number of points
per lower limb

85

Total energy delivered
per lower limb

850 J (450 J on knee extensor muscles,
300 J on knee flexor muscles, and
100 J on plantar flexor muscles)

Cluster area 9.6 cm2

Administration
technique

Cluster in stationary position with slight
pressure and direct contact with skin
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the stretching and intervention (active or placebo PBMT)
and then, exactly 5 minutes after the intense progressive run-
ning test (ergospirometry test), blood samples were collected
again. Up to one hour after collection, each sample was cen-
trifuged at 3000 rpm for 20min. Pipettes were used to trans-
fer the serum to Eppendorf tubes, which were stored at -80°C
until analysis. Blood analysis involved the determination of
specific skeletal muscle creatine kinase (CK) isoform and lac-
tate dehydrogenase (LDH) activities through spectropho-
tometry and specific reagent kits (Labtest, Brazil) following
the manufacturer’s instructions. The analyses of interleu-
kin-1β (IL-1β), interleukin-6 (IL-6), and tumor necrosis fac-
tor alpha (TNF-α) levels were performed employing enzyme-
linked immunosorbent assays (ELISA) and specific reagents
(BD Biosciences, USA). The analyses of thiobarbituric acid
(TBARS), carbonylated proteins, catalase (CAT), and super-
oxidedismutase (SOD) activities were performed using spec-
trophotometry and specific reactions previously described in
literature [40–43].

2.7.2. Stretching. Immediately after the collection of blood
samples, the volunteers performed one 60 sec set of active
stretching exercise of the knee extensors and flexors; hip
extensors, flexors, abductors, and adductors; and ankle plan-
tar and dorsal flexor muscles of both lower limbs.

2.7.3. Application of Therapy. Immediately after performing
stretching, the volunteers received an application of active
PBMT or placebo PBMT according to prior randomization.

2.7.4. Intense Progressive Running Test (Ergospirometry Test).
Immediately after the application of intervention (active or
placebo PBMT), skin asepsis of the volunteers and electrode
placement (for cardiac monitoring) were performed. Then
the nozzle coupled to the gas analyzer was placed in volun-

teers, as well as the nasal clip. The ergospirometry test started
exactly 5 minutes after the application of the interventions
(active or placebo PBMT). We used a progressive treadmill
exercise protocol, previously used in studies conducted by
our research group [34, 38, 39]. Volunteers performed a stan-
dardized progressive running protocol on a motor-driven
treadmill with a fixed inclination of 1%. The initial velocity
was 3 km/h during the first 3 minutes (warm-up phase).
After the warm-up phase, the velocity was increased 1 km/h
at each minute until it reached 16 km/h. Volunteers per-
formed the exercise protocol until exhaustion, and they were
instructed to use hand signals to request termination of the
test at any time. After the exercise protocol, the volunteers
performed a recovery phase with a velocity of 6 km/h. The
entire test was monitored by electrocardiogram and blood
pressure measurements. The test was stopped if any abnor-
mal changes were observed in heart rate or blood pressure
by the assessor in charge of the test, or if the test was termi-
nated prematurely on request by the volunteer.

2.8. Outcomes. The primary outcome was oxygen uptake rel-
ative to body mass (VO2 max relative) measured by the soft-
ware of the ergospirometry system, during the intense
progressive running test. The secondary outcomes were rates
of VO2 max in absolute values, time until exhaustion, and aer-
obic and anaerobic threshold, measured through the ergospi-
rometer during the intense progressive running test.
Moreover, muscle damage (CK and LDH), inflammation
(IL-1β, IL-6, and TNF-α), and oxidative stress (TBARS, car-
bonylated proteins, CAT, and SOD) were measured through
blood samples collected before and 5 minutes after the end of
the intense progressive running test. All assessments were
performed by a blinded researcher.

2.9. Statistical Analysis. The statistical analysis was con-
ducted following the principles of intention-to-treat analysis
[44]. The Shapiro-Wilk test was used to determine the distri-
bution of the data, which were then expressed as mean and
standard deviation. Data regarding the ergospirometry test
(rates of oxygen uptake (VO2 max), time until exhaustion,
and aerobic and anaerobic thresholds) were analyzed using
the paired, two-tailed Student t-test. Data regarding bio-
chemical analysis were analyzed using a two-way ANOVA
test, followed by the Bonferroni post hoc test. The signifi-
cance level was set at p < 0:05. Data in graphs are expressed
as mean and standard error of the mean (SEM).

3. Results

Twenty-two male high-level soccer players from the same
team were recruited and finished all the procedures of this
study. Therefore, there were no dropouts and the intention-
to-treat analysis was not necessary. The mean age of volun-
teers was 18.85 (±0.61), height was 175.84 cm (±4.01), and
body mass was 68.22 kg (±8.26). No adverse effects were
reported during the study.

In order to assess possible residual effects of PBMT
and placebo from the first test to the second test, we per-
formed an analysis of variables regarding the progressive

Figure 1: PBMT irradiation sites in the anterior and posterior
regions of lower limbs.

4 Oxidative Medicine and Cellular Longevity



running test, and also baseline values of all biochemical
markers. This analysis was performed only considering the
values obtained in test 1 and test 2, regardless the treatment
given before the tests. As can be observed in Table 2, there
were no residual effects.

The application of active PBMT before the intense pro-
gressive running test significantly increased the oxygen
uptake (VO2 max), both in relative (p < 0:0467) and absolute
values (p < 0:0013), as well as the total time until exhaustion
(p < 0:0043) compared to the application of preexercise pla-
cebo PBMT (Figure 3). Moreover, active PBMT significantly
increased the anaerobic threshold, both in time (p < 0:0007)
and volume (p < 0:0355), while it only significantly increased

aerobic threshold in volume (p < 0:0068), compared to pla-
cebo PBMT.

Regarding assessment of muscle damage, the results
demonstrated that active PBMT applied before the exercise
protocol significantly decreased the activity of both postexer-
cise CK and LDH (p < 0:0001) compared to placebo PBMT
(Figure 4).

The evaluation of inflammatory markers demonstrated
that there was no significant difference between active PBMT
and placebo PBMT, applied before the exercise protocol, on
postexercise levels of IL-1β and TNF-α. However, active
PBMT decreased significantly the postexercise levels of IL-6
(p < 0:0001) when compared to placebo PBMT (Figure 5).

Triage to determine volunteer eligibility

Randomization (n = 22)

First phase

Second phase

Blood samples,
preexercise (n = 11)

Blood samples,
preexercise (n = 11)

Blood samples,
preexercise (n = 11)

Blood samples,
postexercise (n = 11)

Blood samples,
postexercise (n = 11)

Blood samples,
postexercise (n = 11)

Blood samples,
postexercise (n = 11)

Ergospirometry
test (n = 11)

Ergospirometry
test (n = 11)

Ergospirometry
test (n = 11)

Ergospirometry
test (n = 11)

Stretching

Active PBMT

Stretching

Active PBMT

Placebo PBMT

Stretching

Placebo PBMT

Stretching

Blood samples,
preexercise (n = 11)

Figure 2: Flowchart of the study.
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For oxidative stress markers, active PBMT applied before
the exercise protocol significantly decreased postexercise
TBARS (p < 0:0001) and carbonylated protein levels
(p < 0:01) when compared to placebo PBMT. Moreover,
active PBMT significantly increased SOD (p < 0:0001) and
CAT (p < 0:0001) postexercise activity compared to placebo
PBMT (Figure 6). All the outcomes (mean and standard
deviation) about the functional aspects, muscle damage,
and inflammatory and oxidative stress markers are fully
described in Table 3.

4. Discussion

This study evaluated for the very first time the effects of
PBMT (using infrared low-level laser therapy with optimized
parameters) applied before a progressive running test on aer-
obic endurance, muscle damage, inflammatory process, and
oxidative stress of high-level soccer athletes. In general, our
results demonstrated that PBMT applied before an aerobic
exercise protocol is effective in improving functional and bio-
chemical aspects, enhancing athletic performance and post-
exercise recovery. Differently to another previous study

investigating the effects of infrared low-level laser therapy
PBMT in a progressive running test in healthy untrained
individuals [34], our study used an optimized dose [32] and
optimized power output [33] previously tested in high-level
soccer athletes.

Evidence has shown that PBMT applied before exercise is
able to increase aerobic endurance in healthy, nonathletic
subjects [34, 38] as well as in competitive cyclists [36]. To
the best of our knowledge, our study is the first to investigate
the effects of preexercise PBMT on aerobic endurance in
high-level soccer athletes, and we observed that the therapy
was able to increase oxygen uptake (VO2 max) and athletes’
anaerobic and aerobic thresholds during exercise. In addi-
tion, we observed that preexercise PBMT was effective in
increasing time to reach exhaustion during the intense
progressive running test, corroborating with a recent system-
atic review, as well as with the recent clinical and scientific
recommendations made by experts in this field [31]. The
effect of PBMT on muscle cells, in particular increasing cyto-
chrome c-oxidase activity [45, 46], may increase cell metabo-
lism and ATP production. Thus, our results suggest that this
mechanism of PBMT contributed to modulate aerobic

Table 2: Outcomes in test 1 vs. test 2 regardless of the treatment given (values are expressed as mean and standard deviation).

Baseline Postexercise p value

VO2 max relative (l/kg·min)
Test 1
Test 2

—
58.50 (±5.22)
57.67 (±5.68) 0.62

VO2 max absolute (l/min)
Test 1
Test 2

—
3.75 (±0.59)
3.81 (±0.54) 0.73

Time until exhaustion (s)
Test 1
Test 2

—
535.91 (±161.82)
532.88 (±159.59) 0.95

Anaerobic threshold (s)
Test 1
Test 2

—
415.60 (±62.16)
409.15 (±65.12) 0.74

Anaerobic threshold (l/min)
Test 1
Test 2

—
3.15 (±0.47)
3.09 (±0.51) 0.69

Aerobic threshold (s)
Test 1
Test 2

—
179.42 (±48.21)
181.78 (±46.28) 0.87

Aerobic threshold (l/min)
Test 1
Test 2

—
2.08 (±0.34)
2.14 (±0.41) 0.60

CK (U·l-1) Test 1
Test 2

217.96 (±36.12)
228.66 (±38.17) — 0.34

LDH (U·l-1) Test 1
Test 2

289.81 (±45.87)
294.09 (±43.80) — 0.75

IL-1β (pg/ml)
Test 1
Test 2

3.18 (±0.49)
3.11 (±0.54) — 0.65

IL-6 (pg/ml)
Test 1
Test 2

33.65 (±5.99)
34.78 (±5.74) — 0.53

TNF-α (pg/ml)
Test 1
Test 2

57.37 (±8.98)
59.39 (±8.79) — 0.46

TBARS (nmol/ml)
Test 1
Test 2

3.90 (±0.80)
3.67 (±0.85) — 0.36

Carbonylated proteins (nmol of DNPH/g/dl of protein)
Test 1
Test 2

2.14 (±0.59)
2.07 (±0.68) — 0.72

SOD (U SOD/g of protein)
Test 1
Test 2

2.85 (±0.69)
2.97 (±0.72) — 0.58

CAT (U CAT/g of protein)
Test 1
Test 2

2.82 (±0.74)
2.76 (±0.78) — 0.79
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endurance, and therefore, to enhance the performance of
high-level soccer players, increasing both oxygen uptake
and time to reach exhaustion.

Muscle damage can disturb the time course of recovery
and performance of soccer athletes after matches, and cur-
rently some biomarkers, such as CK and LDH, are monitored
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daily to assess the muscle status of soccer athletes [3]. Sev-
eral studies have demonstrated that preexercise PBMT is
able to decrease both CK and LDH postexercise activities
[25, 32–35] and consequently contribute to performance
enhancement and postexercise recovery. Our results corrob-
orate with studies performed with nonathletes [25, 34] and
high-level athletes [24, 32, 33, 35], in which the irradiation
of PBMT before the exercise was able to decrease the
expected increase in these enzyme activities. On the other
hand, one study also performed with soccer players
showed that preexercise PBMT was not effective in
decreasing CK activity [47]. However, it is important to
highlight that several PBMT parameters used by Dos Reis
et al. [47] were very different from those used in our
study, such as dose per point, dose per site, total dose,
power output, energy density, power density, and length
of irradiation. This demonstrates very clearly that previous
optimization of PBMT parameters is paramount for the
effectiveness of the therapy as previously demonstrated
by De Marchi et al. [48].

The systemic increase of muscle damage markers due to a
soccer match may be responsible for triggering an inflamma-

tory response in athletes, increasing cytokine levels, such as
TNF-α and IL-6 [49–51]. Our results demonstrated that the
preexercise PBMT was effective in decreasing IL-6 levels, as
demonstrated in previous studies [32, 33]. We believe that
the modulation of this cytokine has been an important aspect
in the performance enhancement and postexercise recovery
of athletes, since it is one of the most potent mediators of
the acute phase of inflammatory response in skeletal muscles.
On the other hand, our results demonstrated that IL-1β and
TNF-α levels remained unchanged. Our results corroborate
with the previous study carried out by De Oliveira et al.
[33], in which preexercise PBMT did not change the levels
of these cytokines immediately after an eccentric exercise
protocol. However, this same study [33] demonstrated that
the peak release of IL-1β and TNF-α occurred between 24
and 48 hours after the exercise protocol. Despite the differ-
ences between a progressive running test and an eccentric
exercise protocol, this aspect could partially explain our
results, since, possibly immediately after the progressive run-
ning test there still was no increase in these cytokines levels.
Therefore, further research must assess these markers
between 24 and 48 hours.
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Besides muscle damage, physical exercise that generates
high-intensity muscle contractions leads to increased ROS
production, and consequently oxidative stress [6]. Our
results demonstrated that preexercise PBMT was able to
decrease lipid peroxidation and carbonylated protein pro-
duction, related to oxidative damage to lipids and proteins
caused by exercise protocol, as previously demonstrated
[33, 35]. On the other hand, our results diverged from the
findings of De Marchi et al. [34], in which preexercise PBMT
was not able to modulate CAT activity, reinforcing the
importance of optimizing PBMT parameters to achieve pos-
itive results in all outcomes related to oxidative stress and
antioxidant activity. Moreover, it is important to highlight
that our study was performed with high-level athletes while
the study by De Marchi et al. [34] was performed with non-
athletes, which could also partially explain the difference of
results between studies. Furthermore, also in disagreement
with our results, there was evidence that preexercise PBMT

was not able to modulate SOD and CAT activity [33].
To date, the evidence regarding the effects of PBMT on
exercise-induced muscular oxidative damage is sparse and
divergent. Finally, our outcomes regarding oxidative stress
markers and antioxidant activity might diverge from some
studies [52]. However, it is important to highlight that this
is a controversial aspect with conflicting findings in the liter-
ature, and therefore, further studies are needed. Further
research must also investigate how long preexercise PBMT
can upregulate antioxidant activity.

Our results also demonstrated that preexercise PBMT
was able to modulate redox activity, increasing the activity
of SOD and CAT, enzymes responsible for preventing oxida-
tive damage. Our findings were promising to demonstrate
that the therapy has a potential antioxidant effect, playing
an important role in the enhancement of athletic perfor-
mance and postexercise recovery. Thus, we suggest that one
of the possible mechanisms of action by which PBMT is

Table 3: Outcomes (values are expressed as mean and standard deviation).

Baseline Postexercise

VO2 max relative (l/kg·min)
Placebo PBMT
Active PBMT

—
55.69 (±5.55)
59.40 (±5.08)a

VO2 max absolute (l/min)
Placebo PBMT
Active PBMT

—
3.57 (±0.60)
4.02 (±0.41)a

Time until exhaustion (s)
Placebo PBMT
Active PBMT

—
504.59 (±160.44)
563.27 (±159.46)a

Anaerobic threshold (s)
Placebo PBMT
Active PBMT

—
384.86 (±63.53)
440.73 (±58.58)a

Anaerobic threshold (l/min)
Placebo PBMT
Active PBMT

—
2.93 (±0.46)
3.26 (±0.40)b

Aerobic threshold (s)
Placebo PBMT
Active PBMT

—
169.73 (±45.40)
184.36 (±44.84)

Aerobic threshold (l/min)
Placebo PBMT
Active PBMT

—
2.20 (±0.43)
2.53 (±0.29)a

CK (U·l-1) Placebo PBMT
Active PBMT

201.76 (±32.98)
215.61 (±37.22)

372.43 (±29.11)
282.03 (±33.26)c

LDH (U·l-1) Placebo PBMT
Active PBMT

290.02 (±41.82)
302.13 (±46.73)

483.55 (±38.09)
378.97 (±41.52)c

IL-1β (pg/ml)
Placebo PBMT
Active PBMT

2.98 (±0.56)
3.19 (±0.62)

3.37 (±0.61)
3.40 (±0.54)

IL-6 (pg/ml)
Placebo PBMT
Active PBMT

33.92 (±6.09)
30.6 (±5.89)

54.08 (±5.56)
42.77 (±6.01)c

TNF-α (pg/ml)
Placebo PBMT
Active PBMT

57.81 (±8.75)
60.04 (±9.03)

63.99 (±9.87)
65.34 (10.71)

TBARS (nmol/ml)
Placebo PBMT
Active PBMT

3.42 (±0.85)
3.71 (±0.79)

5.74 (±0.78)
3.94 (±0.71)c

Carbonylated proteins (nmol of DNPH/g/dl of protein)
Placebo PBMT
Active PBMT

2.07 (±0.67)
2.00 (±0.63)

2.98 (±0.70)
2.34 (±0.59)a

SOD (U SOD/g of protein)
Placebo PBMT
Active PBMT

2.98 (±0.65)
2.82 (±0.55)

1.99 (±0.86)
3.23 (±0.91)c

CAT (U CAT/g of protein)
Placebo PBMT
Active PBMT

2.81 (±0.73)
2.73 (±0.66)

2.04 (±0.75)
3.24 (±0.83)c

aDifference of placebo PBMT (p < 0:01). bDifference of placebo PBMT (p < 0:05). cDifference of placebo PBMT (p < 0:0001).
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able to promote this enhancement in both performance
and postexercise recovery is precisely through the upregu-
lation of antioxidant activity and consequently decreasing
exercise-induced oxidative stress. Further studies evaluating
the effects of preexercise PBMT on different oxidative stress
markers are needed to confirm our results and also to estab-
lish this therapy as an antioxidant agent. In addition, it is
important to further investigate the possible redox mecha-
nism promoted by PBMT.

4.1. Strengths and Limitations. The strengths of this study are
the high methodological quality, since it is a triple-blinded,
randomized, placebo-controlled and prospectively registered
clinical trial. The sample size was calculated to provide the
appropriate statistical power to detect a precise difference in
the primary outcome. Moreover, the statistical analysis was
designed following the principles of intention-to-treat analy-
sis. Finally, the parameters of PBMT used were previously
optimized in order to investigate the effects of PBMT applica-
tion before an exercise protocol performed by high-level
athletes, without extrapolation between populations. The
limitation of the study was not having measured the effects
of PBMT on local oxygen concentration (oxyhemoglobin,
deoxyhemoglobin, and total hemoglobin), as well as only
assessing immediate effects.

5. Conclusion

In summary, our results demonstrated that preexercise
PBMT as a stand-alone therapy was able to improve dif-
ferent functional aspects related to athletic performance
and biochemical markers related to muscle damage and
inflammatory process in high-level athletes. In addition,
it is important to highlight that preexercise PBMT had
an interesting antioxidant effect, being able to decrease
exercise-induced oxidative stress, which suggests that this
might be one of the possible mechanisms of action through
which PBMT promotes ergogenic effects and protective effects
to skeletal muscles. It is very likely that the sum of the different
mechanisms of action was determinant for the therapy to
improve aerobic endurance and postexercise recovery.

Data Availability

The data sets generated and analyzed during the current
study are available from the corresponding author on reason-
able request.
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The extent of oxidative stress and chronic inflammation are closely related events which coexist in a muscle environment under
pathologic conditions. It has been generally accepted that the inflammatory cells, as well as myofibers, are sources of reactive
species which are, in turn, able to amplify the activation of proinflammatory pathways. However, the precise mechanism
underlining the physiopathologic interplay between ROS generation and inflammatory response has to be fully clarified. Thus,
the identification of key molecular players in the interconnected pathogenic network between the two processes might help to
design more specific therapeutic approaches for degenerative diseases. Here, we investigated whether elevated circulating levels
of the proinflammatory cytokine Interleukin-6 (IL-6) are sufficient to perturb the physiologic redox balance in skeletal muscle,
independently of tissue damage and inflammatory response. We observed that the overexpression of circulating IL-6 enhances
the generation and accumulation of free radicals in the diaphragm muscle of adult NSE/IL-6 mice, by deregulating redox-
associated molecular circuits and impinging the nuclear factor erythroid 2-related factor 2- (Nrf2-) mediated antioxidant
response. Our findings are coherent with a model in which uncontrolled levels of IL-6 in the bloodstream can influence the local
redox homeostasis, inducing the establishment of prooxidative conditions in skeletal muscle tissue.

1. Introduction

Basal levels of reactive oxygen and nitrogen species (ROS and
RNS) in skeletal muscle operate as molecular signals and
regulatory mediators of homeostatic processes, whereas the
sustained production of free radicals is responsible for the
oxidative damage of cellular components such as membrane
lipids, proteins, and nucleic acids [1–4]. Thus, the impact of
reactive molecules needs a tight modulation, guaranteed by
the activation of a sophisticated system of antioxidant agents
[5, 6]. A proper balance between prooxidant stimuli and anti-
oxidant defence is necessary to allow the activation of redox-
related physiologic pathways and to prevent the occurrence

of oxidative alterations of muscle tissue [7–12]. One of the
main sources of ROS production in skeletal muscle is the
NADPH oxidase 2 (NOX2), an enzymatic complex responsi-
ble for the conversion of oxygen into superoxide, using
NADPH as electron donor substrate [13–15]. As a compen-
satory mechanism, ROS can induce the nuclear translocation
of Nrf2, which is considered the master regulator of the
endogenous antioxidant defence [16, 17]. Indeed, Nrf2
protein regulates the expression of genes codifying for the
main redox-regulating enzymes, such as glutamate-cysteine
ligase (GCL), implicated in glutathione synthesis, NAD(P)H
quinone dehydrogenase 1 (NQO1) and the heme-oxygenase
1 (HO-1), involved in superoxide detoxification, superoxide
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dismutase (SOD) engaged in ROS neutralization, and cata-
lase (CAT), which can convert hydrogen peroxide (H2O2)
into oxygen and water [18–24].

An efficient antioxidant chain can actively reduce the
biodisponibility of superoxide, avoiding its combination with
nitric oxide (NO) to generate RNS and thus favouring the
physiologic signalling mediated by NO in skeletal muscle.
Conversely, the uncontrolled production of ROS can induce
an impairment of the Nrf2-dependent pathway, shunting
muscle balance toward prooxidative conditions and leading
to oxidative stress and tissue damage [25–28].

Indeed, the loss of the homeostatic redox balance repre-
sents a critical pathogenic mechanism contributing to muscle
diseases [7–9, 11, 29]. In recent years, mounting evidence
indicated that the excessive production of ROS plays a crucial
role in a wide range of degenerative and inflammatory-
related diseases, such as Duchenne muscular dystrophy
(DMD), aging, diabetes, and cancer, leading to protein
carbonylation and nitration, DNA damage, and RNA oxida-
tion [1–4, 30, 31]. In particular, the perturbation of pivotal
redox signalling pathways in dystrophic muscles has been
related with the progression of DMD pathology and our
studies supported the central role of ROS in promoting
degenerative events in dystrophin-deficient muscles [27, 28,
31, 32]. However, the production of ROS has been generally
considered as a secondary mechanism associated to chronic
inflammation, which represents a major contributor to the
pathogenesis of many musculoskeletal diseases [2, 33].

Although ROS production has been generally associated
to the extent of chronic inflammation in DMD, we revealed
an alteration of muscle redox status in presymptomatic
DMD patients and in dystrophic animal models early before
the onset of the pathology, characterized by myofiber necro-
sis and inflammatory infiltrate [27, 28]. Several studies
support the existence of an interdependent relationship
between inflammation and oxidative stress, and the interplay
between these pathogenic mechanisms represents a critical
issue to define the precise pathogenic events associated
with neuromuscular diseases and to design more specific
therapeutic approaches.

Among factors playing a critical role in skeletal muscle
physiopathology and potentially linking inflammation and
oxidative stress, Interleukin-6 (IL-6) is an elective candidate.
IL-6 is a cytokine with pleiotropic functions in muscle envi-
ronment, exerting positive and negative roles in tissue
homeostasis. It has been extensively described that the dual
nature of its action can be associated to the activation of
different signalling pathways [34–36]. In particular, the acti-
vation of the classical signalling, mediated by the membrane
IL-6 receptor alpha (mIL6R) and the ubiquitous receptor
gp130, is physiologically restricted to responsive cells and
has been involved in anti-inflammatory and proregenerative
pathways in skeletal muscle [37–40]. The spectrum of action
of IL-6 is known to be extended by the interaction of the
cytokine with a soluble form of IL6R (sIL6R). This alternative
receptor system activates the so-called trans-signalling with
proinflammatory and profibrotic implications [41–44]. Of
note, circulating levels of IL-6, which are normally undetect-
able, are increased in several disease conditions and IL-6 has

been recognized as a proinflammatory, profibrotic, and
prooxidant factor in different pathologic contexts [34, 35].

We recently provided evidence that IL-6 is causally
linked to the pathogenesis of muscular dystrophy using two
different experimental approaches: (i) increasing the circulat-
ing levels of IL-6 in mdx mice and analysing its effects in a
stage normally spared by the absence of dystrophin and (ii)
blocking IL-6 signalling in mdx mice at the prenecrotic stage
and analysing its effects at the acute onset of the pathology.
We demonstrated that the overexpression of IL-6 in dystro-
phic mdx mice (mdx/IL-6 murine model) induced the exac-
erbation of the dystrophic phenotype at 24 weeks of age,
the stage in which the classical mdx model shows a stabiliza-
tion of the disease [45], whereas the inhibition of IL-6 signal-
ling in dystrophin-deficient mice reduces ROS accumulation,
myonecrosis, and inflammation in the diaphragm muscle,
which represents the most compromised muscular district
in DMD [28, 36, 37, 46]. Noticeably, we recently highlighted
a role for deregulated amounts of IL-6 in contributing to the
alteration of local and systemic redox signalling markers in
DMD patients and dystrophic mice [27, 28].

Nevertheless, it remained to be defined whether the alter-
ation in redox balance was strictly related to the absence of
dystrophin expression, and therefore to the disease, or
whether increased levels of IL-6 are able alone to trigger a
perturbation of redox balance in muscle milieu.

Thus, based on previous works performed on dystrophic
murine models and human samples of DMD patients, we
investigated the oxidative status of NSE/IL-6 muscle, in
which the impact of increased levels of IL-6 cannot be biased
against degenerating tissue and other related pathogenic
mechanisms typical of dystrophic muscles, to better clarify
the role of nonphysiologic levels of IL-6 in promoting the
alteration of muscle oxidative balance. Indeed, although
NSE/IL-6 mice have shown a decreased growth rate, no
evidence of degeneration, fibrosis, or infiltrated inflamma-
tory cells has been observed in the muscles of NSE/IL-6 mice.

We revealed that increased circulating levels of IL-6 act as
a central player in deregulating the redox balance in
diaphragmmuscle. Of note, high plasma levels of IL-6 induce
muscle atrophy and alteration in the functional performance
of different muscle types, suggesting that, enhancing ROS
production and impairing the antioxidant response, IL-6 fos-
ters the molecular circuits generally associated to the extent
of chronic tissue damage.

2. Materials and Methods

2.1. Mice.Wild-type C57Bl/6J mice and NSE/IL-6 transgenic
mice [47] of 24 weeks of age were used in the current study.
In particular, NSE/IL-6 mice, in which the rat neurospecific
enolase (NSE) promoter drives the expression of human
IL-6 cDNA, were derived from the original line 26 [46]
and are characterized by elevated levels of circulating IL-6
since early after birth.

Animals were maintained as per the institutional guide-
lines of the animal facility of the unit of Histology and
Medical Embryology. All the experiments on animal models
were approved by the ethics committee of the Sapienza
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University of Rome-Unit of Histology and Medical Embryol-
ogy and were performed in accordance with the current
version of the Italian Law on the Protection of Animals.

2.2. RNA Extraction and Real-Time PCR Analysis. Liquid
nitrogen-frozen diaphragm muscles of wild-type and
NSE/IL-6 mice were powdered and homogenized in TRI
Reagent (Sigma-Aldrich) by Tissue Lyser (Qiagen). Total
RNA was extracted, and one microgram of each RNA sample
was retrotranscribed using QuantiTect Reverse Transcrip-
tion Kit (Qiagen), to obtain double-stranded cDNA. To syn-
thesize single-stranded cDNA, ten nanograms of total RNA
was reverse transcribed using the TaqMan MicroRNA
Reverse Transcription Kit (Applied Biosystems). The analy-
sis of mRNA and miRNA expression was performed on
ABI PRISM 7500 SDS (Applied Biosystems). Specific
TaqMan assays for SOD1, SOD2, NQO1, CAT1, Nrf2,
GCL, SIRT1, Txnrd2, Atrogin1, MURF-1, CTSL, LC3, and
miR-1 (Applied Biosystems) were used, and relative quantifi-
cation was performed using Hprt and U6 snRNA as endoge-
nous controls for mRNA and miRNA, respectively. Data
were analysed using the 2-DDCt method and reported as
mean fold change in gene expression relative to wild type.

2.3. Protein Extraction, Western Blot Analysis, and ELISA.
Diaphragm muscles were isolated from 24-week-old wild-
type and NSE/IL-6 mice, and liquid nitrogen powdered sam-
ples were homogenized in protein lysis buffer (Tris-HCl, pH
7.5/20mM, EDTA/2mM, EGTA/2mM, Sucrose/250mM,
DTT/5mM, Triton-X/0.1%, PMSF/1mM, NaF/10mM,
SOV4/0.2mM, Cocktail Protease Inhibitors/1x (Sigma-
Aldrich)). For western blotting analysis, 70 μg of protein
extract was used, and filters were blotted with primary anti-
bodies against gp91phox (BD Transduction), G6PD (Santa
Cruz), Nitrotyrosine (Millipore), and GAPDH (Santa Cruz)
and appropriate HRP-conjugated secondary antibodies
(Bethyl Laboratories). Nitrotyrosine quantification was per-
formed using the Stain-Free blot method for normalization
(Criterion TGX Stain-Free Precast Gels; Bio-Rad).

Signals were captured by Chemi Doc™ XRS 2015
(Bio-Rad Laboratories), and densitometric analysis was per-
formed using Image Lab software (version 5.2.1; Bio-Rad
Laboratories©).

For the evaluation of circulating human IL-6, an ELISA
was performed on serum samples using Quantikine® Color-
imetric Sandwich ELISAs (R&D Systems), according to the
manufacturer’s protocol.

2.4. Histological Analysis and Dihydroethidium Staining.Dia-
phragm and EDL muscles from 24-week-old wild-type and
NSE/IL-6 mice were embedded in tissue freezing medium
and snap frozen in nitrogen-cooled isopentane. For general
morphology, cryostat transversal sections were stained with
Haematoxylin and Eosin according to standard protocols.
Bright-field images were obtained using Axio Imager A2
microscope (Carl Zeiss Microimaging, Inc.) and analysed
using ImageJ software (v.1.51j8; National Institutes of
Health) to quantify the cross-sectional area of single myofi-
bers. For dihydroethidium (DHE) staining, 10 μm thick mus-

cle cryosections were incubated with 5μM DHE (Molecular
Probes #D23107) in PBS at 37°C for 30 minutes, photomicro-
graphed using Axio Imager A2 microscope (Carl Zeiss
Microimaging, Inc.), and processed by ZEN2 software (Blue
edition). DHE-derived fluorescence was analysed by ImageJ
software. The evaluation of the DHE-derived fluorescence
was performed on at least five transversal sections of each
muscle, and a minimum of eight fields arbitrarily chosen
from each section was analysed.

2.5. Functional Analysis. Ex vivo functional analysis was per-
formed on EDLmuscles isolated from 24-week-old NSE/IL-6
and wild-type mice, as previously described [48]. Briefly, the
muscle to be tested was mounted in a temperature-controlled
chamber containing a Krebs-Ringer bicarbonate buffer con-
tinuously gassed with a mixture of 95% O2 and 5% CO2.
Maximum force (Fmax) was evoked stimulating the muscle
with 300mA train of pulses delivered at 180Hz. Specific force
was computed as Fmax/CSA [48].

2.6. Data Analysis and Statistics. Statistical analysis was per-
formed with GraphPad Prism Software (San Diego, CA,
USA). All data were expressed as mean ± SEM. Differences
among wild-type and NSE/IL-6 groups were assessed with
Mann-Whitney test or Student’s t-test assuming two-tailed
distributions. p < 0:05 was considered statistically significant.
The sample size was predetermined based on the variability
observed in preliminary and similar experiments. All experi-
ments requiring animal models were subjected to randomi-
zation based on litter.

3. Results

3.1. The Enhanced Expression of Circulating Interleukin-6
Promotes the Production and Accumulation of ROS in the
Diaphragm Muscle. In this study, we extended previous
works [27, 28] with the aim to define, in NSE/IL-6 transgenic
mice, the contribution of circulating increased levels of IL-6
on redox balance perturbation. NSE/IL-6 mice express
human IL-6 (hIL-6) cDNA under the rat neurospecific eno-
lase (NSE) promoter, resulting in increased amounts of circu-
lating IL-6 early after birth [47]. To verify whether hIL-6
levels were maintained elevated in the bloodstream during
adulthood, serum levels of transgenic IL-6 were measured,
by ELISA, in 24-week-old NSE/IL-6 mice. The protein
content of hIL-6 was of 13:8 ± 2:8 ng/ml, compared to
the undetectable levels of the wild-type mice (data not
shown). Noticeably, the circulating levels of IL-6 observed
in the serum of NSE/IL-6 mice were comparable with the
levels reported for the serum of mdx/IL-6 mice at the
same age [45].

We thus analysed the generation, accumulation, and
impact of oxidizing products in the diaphragm muscle of
both 24-week-old NSE/IL-6 and wild-type (WT) mice
(Figure 1). The rationale of considering the diaphragm mus-
cle of 24-week-old NSE/IL-6 mice lies with the evidence that
this specific muscle showed a significant redox alteration in
age-matched dystrophic mice expressing comparable IL-6
levels of NSE/IL-6 transgenic mice [45].
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Figure 1: IL-6 induced the enhanced ROS production and accumulation in the diaphragm muscle. Western blot analysis (right panels show
representative images) for the expression of gp91phox (a) and G6PD (e) proteins in 24-week-old NSE/IL-6 and wild-type (WT) mice. Values
representmean ± SEM; n = 5 to 6 mice per group. ∗p < 0:05, ∗∗p < 0:005 by Student’s two-tailed unpaired t-test. Lanes were run on the same
gel but were not contiguous. Original images are shown in Figure S1 and Figure S3. (b) Quantitative analysis (left panel) of the mean intensity
of fluorescence derived from DHE staining on diaphragm muscle sections from 24-week-old NSE/IL-6 and WT mice. Right panels show
representative images of DHE staining on muscle sections of indicated genotypes (scale bar 100 μm). Values represent mean ± SEM; n = 3
to 5 mice per group. ∗p < 0:05 by unpaired t-test. (c) Western blot analysis for the detection of nitrated proteins (right panels show
representative images) in the diaphragm muscle of NSE/IL-6 and WTmice. Values representmean ± SEM; n = 6mice per group. ∗∗p < 0:005
by unpaired t-test. Lanes were run on the same gel but were not contiguous. Original images are shown in Figure S2. (d) Real-time PCR
analysis of the expression of miR-1 performed on diaphragm muscle samples from NSE/IL-6 and WT mice at 24 weeks of age. Values
represent mean ± SEM; n = 3 to 5 mice per genotype. ∗p < 0:05 by unpaired t-test. DHE: dihydroethidium; G6PD: glucose 6-phosphate
dehydrogenase.
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We evaluated the expression of gp91phox protein, the
catalytic subunit of the enzymatic complex NADPH oxidase
2 (NOX2), responsible for the conversion of molecular oxy-
gen to superoxide (O2

-) [13, 15]. A significant increase of
gp91phox protein expression was observed in NSE/IL-6
muscle compared to that in wild-type mice (Figure 1(a)), sug-
gesting an enhanced generation of superoxide in muscles
exposed to nonphysiologic levels of circulating IL-6.

Since superoxide can be efficiently neutralized by the
endogenous antioxidant defence, we verified whether the
enhanced expression of gp91phox, observed in NSE/IL-6
mice, could effectively result in increased production and
persistence of reactive radicals in muscle tissue. The accumu-
lation of ROS in skeletal muscle has been evaluated by DHE,
a fluorescent redox-sensitive probe able to mainly detect not
only superoxide anion but also peroxynitrite (ONOO-) and
hydroxyl (⋅OH) radicals [49–54]. Quantitative analysis per-
formed by fluorescence microscopy revealed that the dia-
phragm muscles of NSE/IL-6 mice presented a significant
increase of DHE-derived fluorescence compared to wild-
type muscles (Figure 1(b)), indicating that IL-6 overexpres-
sion induces the accumulation of ROS within muscle tissue.

It is well known that overproduced ROS can interact with
nitric oxide (NO), a molecular mediator of critical cellular
functions, giving rise to peroxynitrite (ONOO-) [55]; perox-
ynitrite can, in turn, interact with proteins leading to the
nitration of tyrosine residues [56].

To investigate whether the abundance of ROS detected in
NSE/IL-6 diaphragm muscle can induce the oxidative modi-
fication of proteins, we evaluated the presence of nitrotyro-
sine in NSE/IL-6 and wild-type muscles as a marker of
nitrooxidative stress (Figure 1(c)). We revealed that the con-
tent of nitrated proteins was higher in NSE/IL-6 diaphragm
compared to wild-type muscle, indicating that NOX2-
derived ROS can be combined with NO, with consequent
induction of nitrooxidative damage. Notably, protein nitra-
tion not only represents a posttranslational modification able
to alter protein structure and function but can also disturb
the physiologic NO signalling [56–59].

The NOX2-dependent production of O2
- is strictly

dependent on the availability of nicotinamide adenine dinu-
cleotide phosphate (NADPH), although this substrate is also
necessary for the activity of antioxidant systems contributing
to the neutralization of ROS. The cytosolic enzyme desig-
nated to the maintenance of cellular levels of NADPH is
the glucose-6-phosphate dehydrogenase (G6PD), which
appears as a common player in both pro- and antioxidant
systems [60]. The altered expression of G6PD and of its neg-
ative regulator miR-1 has been described in dystrophic mus-
cles, as a direct consequence of the impaired NO signalling
[57]. Thus, we investigated whether the enhancement of pro-
oxidant stimuli in muscle milieu induced by IL-6 can be
responsible for the alteration of redox-connected molecular
circuits, such as the miR-1/G6PD axis (Figures 1(d) and
1(e)) [57, 61]. We observed a significant downregulation of
miR-1 (Figure 1(d)) and a significant increase of G6PD pro-
tein (Figure 1(e)) in the diaphragm muscles of 24-week-old
NSE/IL-6 mice compared to wild-type mice. These data indi-
cated that the overexpression of IL-6 can induce, through the

deregulation of redox-related circuits, a sustained production
of NADPH which can in turn foster the NOX2-dependent
ROS production.

3.2. The Nrf2-Mediated Antioxidant Response Is Impaired in
NSE/IL-6 Diaphragm Muscle. The oxidative impact of ROS
in skeletal muscle is physiologically counterbalanced by the
activation of the endogenous antioxidant response [2, 62].
A central mediator in this protective mechanism is the
redox-sensitive transcription factor Nrf2 [19, 63]. Under pro-
oxidant conditions, Nrf2 is known to act as a master regula-
tor of the antioxidant program, by inducing the expression of
genes involved in the neutralization of reactive species such
as superoxide dismutase (SOD1/2), thioredoxin reductase
(Txnrd2), catalase (CAT-1), and NAD(P)H quinone dehy-
drogenase (NQO1). In addition, Nrf2 can influence the effi-
ciency of the glutathione system modulating the expression
of genes involved in the glutathione synthesis, namely, gluta-
thione cysteine ligase (GCL) [64, 65].

We previously reported that the imbalanced redox status
of dystrophic muscles involved both the enhanced produc-
tion of ROS and the impinged antioxidant response. In fact,
it has been proposed that elevated levels of ROS within
muscle tissue might overcome the endogenous antioxidant
system [28]. To define whether sustained levels of circulating
IL-6 might be sufficient, independently from a genetic degen-
erative disease, to determine an alteration of the local antiox-
idant profile of skeletal muscle, we analysed important
mediators of the antioxidant response in diaphragm muscles
of both adult mice overexpressing IL-6 and wild-type control
mice (Figure 2). We found that the expression of Nrf2
(Figure 2(a)) and SIRT1 (Figure 2(b)), pivotal players of
the redox-signalling cascade [66], was downmodulated in
24-week-old NSE/IL-6 diaphragm compared to wild-type
muscle. Nevertheless, gene expression analysis revealed a dif-
ferential modulation of the Nrf2 target genes (Figures 2(c)–
2(h)). Indeed, we observed a significant downregulation of
CAT-1 (Figure 2(f)), NQO1 (Figure 2(g)), and GCL
(Figure 2(h)) in NSE/IL-6 diaphragm compared to wild type,
whereas SOD1 (Figure 2(c)) was expressed at similar levels in
both NSE/IL-6 and wild-type muscles. Notably, the reduced
expression of GCL and NQO1 can impair the availability of
reduced glutathione (GSH), contributing to the undeterred
accumulation of ROS.

Since mitochondria are known to be active producers of
ROS, as well as sensor of the cellular redox status [67], we fur-
ther analysed the expression of important antioxidant genes
involved in the mitochondrial redox regulation, namely,
SOD2 and Txnrd2 (Figures 2(d) and 2(e)). Although SOD2
expression was not modulated (Figure 2(d)), we found a
significant reduction of Txnrd2 expression in NSE/IL-6 dia-
phragm muscles compared to wild type (Figure 2(e)). Of
note, Txnrd2 is a thioredoxin reductase enzyme participating
in the maintenance of a proper mitochondrial redox balance
and the impairment of Txnrd2 gene expression has been
found in aged muscles and has been associated to the loss
of mitochondrial integrity in cardiomyocytes [68, 69]. These
data suggest that the deregulation of Nrf2-dependent genes
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can influence the mitochondrial scavenging of ROS in
muscles deriving from IL-6-overexpressing mice.

3.3. Increased Systemic Levels of IL-6 Impinge
Morphofunctional Properties of Skeletal Muscle. The uncon-
trolled generation and accumulation of reactive molecules
and the impairment of antioxidant systems are, as a whole,
a critical stressor contributing to the disturbance of muscle
function [70]. Indeed, oxidative stress has been recognized
as a pivotal mechanism contributing to skeletal muscle alter-
ation, inducing the oxidative modification of cellular compo-
nents and participating to the imbalance between protein
synthesis and degradation [71].

To evaluate the effective impact of elevated levels of ROS
on skeletal muscle tissue, we performed histological analysis
of the diaphragm muscle of 24-week-old NSE/IL-6 and
wild-type mice. Noticeably, the evaluation of the general
morphology of the NSE/IL-6 diaphragm muscle did not
reveal evident signs of infiltrating mononuclear cells, degen-
erating fibers, or the presence of regenerating centrally nucle-
ated myofibers (Figure 3(a)). However, morphometric
analysis, performed on the diaphragm muscle of NSE/IL-6
and wild-type mice, revealed a significant reduction in the
cross-sectional area (CSA) of single myofibers in NSE/IL-6
mice compared to wild-type mice (Figure 3(b)). The reduced
calibre of fibers observed in transgenic muscles suggested
that elevated levels of IL-6, along with the increased amount
of intracellular ROS, might induce muscle atrophy in
NSE/IL-6 mice.

Indeed, it is well known that IL-6 is a catabolic factor able
to induce muscle atrophy when its levels are deregulated [72]

and a role for ROS in promoting proteolysis in skeletal mus-
cle has been proposed [71, 73]. We thus analysed pivotal
mediators of the main protein degradation pathways
involved in muscle atrophy [74]. In particular, we evaluated
the expression markers of the ubiquitin-proteasome path-
way, the muscle-specific E3 ubiquitin ligases MAFbx/Atro-
gin1 and Muscle RING Finger-1 (MURF-1) (Figures 3(c)
and 3(d)). Real-time PCR analysis revealed a significant
upregulation of both Atrogin1 (Figure 3(c)) and MURF-1
(Figure 3(d)) expression in the diaphragm muscle of
24-week-old NSE/IL-6 mice compared to age-matched wild
type. In contrast, the analysis of important players of the
autophagy-lysosome system, cathepsin L (CTSL) and the
microtubule-associated protein 1 light chain 3 (LC3), did
not reveal significant variation in gene expression between
NSE/IL-6 and wild-type muscles (Figures 3(e) and 3(f)).

In order to evaluate the impact of nonphysiologic
amounts of circulating IL-6 levels on a fast-twitch muscle,
morphofunctional analysis was performed on extensor digi-
torum longus (EDL) muscle of both NSE/IL-6 and wild-
type mice at 24 weeks of age (Figures 3(g)–3(j)). As reported
for the diaphragm muscle (Figure 3(b)), also the EDL muscle
showed a reduced cross-sectional area of single myofibers
when compared to the EDL of age-matched wild-type mice
(Figure 3(h)). In addition, functional analysis showed a sig-
nificant reduction (-22%) in the capability of NSE/IL-6
EDL to generate maximum force (Figure 3(i)). No significant
differences were measured in the specific force (Figure 3(j)).

Overall, these data support the role of deregulated levels
of circulating IL-6 in affecting muscle mass with a significant
impact on muscle function.
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Figure 2: Nrf2-dependent antioxidant genes are differentially modulated in NSE/IL-6 diaphragm muscles. Real-time PCR analysis of the
expression of Nrf2 (a), SIRT1 (b), and Nrf2-dependent genes: SOD1 (c), SOD2 (d), Txnrd2 (e), CAT-1 (f), NQO1 (g), and GCL (h). Gene
expression analysis was performed on diaphragm muscle samples deriving from wild-type (WT) and NSE/IL-6 mice at 24 weeks of age.
Values representmean ± SEM; n = at least 4mice per genotype. ∗p < 0:05 by unpaired t-test. Nrf2: nuclear factor erythroid 2-related factor 2;
SIRT1: sirtuin 1; SOD: superoxide dismutase; Txnrd2: thioredoxin reductase 2; CAT-1: catalase-1; NQO1: NAD(P)H quinone
dehydrogenase 1; GCL: glutamate-cysteine ligase.
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Figure 3: Continued.
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4. Discussion

Reactive oxygen species are physiologically produced, espe-
cially in metabolic active tissues like skeletal muscle, and
are considered important secondary mediators involved in
homeostatic processes. However, the excessive production
and accumulation of reactive oxygen and nitrogen species
are known to induce cell damage by the peroxidation of
membrane lipids, protein carbonylation/nitration, and
genome insults [1–4]. The extent of ROS production and oxi-
dative damage has been related to the pathogenesis of
chronic inflammatory conditions and degenerative diseases
such as Duchenne muscular dystrophy [8, 31, 32]. Although
inflammation and ROS production have been described as
interrelated processes, the precise mechanism linking
inflammation and oxidative stress has still to be defined.
We recently reported that the overexpression of the proin-
flammatory cytokine IL-6 in dystrophin-deficient mice
(mdx/IL-6 model) is able to exacerbate the dystrophic
muscle phenotype, fostering pathologic changes in skeletal
muscle and closely approximating the disease progression
of DMD patients [27, 28, 31]. Since the increased expres-
sion of circulating IL-6 in dystrophic mice has been
related to the perturbation of muscle redox signalling even
before the occurrence of early signs of the pathology,
namely, necrosis and inflammation, we hypothesized that
elevated levels of IL-6 can play a pivotal role in the alter-
ation of the muscle redox balance, triggering pathogenic
mechanisms associated with muscle degeneration.

Here, we investigated the direct impact of IL-6 on the
homeostatic muscle redox balance in a noninjured context,
verifying whether high levels of IL-6 are sufficient to induce
the establishment of a prooxidant environment in skeletal
muscle. To address this issue, we analysed the diaphragm
muscle of adult NSE/IL-6 mice characterized by systemically
elevated levels of IL-6 [47].

A central mediator of ROS production in skeletal muscle
tissue is gp91phox protein, the catalytic subunit of NOX2

complex, which is known to be overexpressed in muscles of
DMD patients and dystrophic mice [13, 15, 27, 28, 75]. Thus,
we evaluated the extent of prooxidative stimuli in muscles
exposed to elevated levels of circulating IL-6 to verify
whether nonphysiologic levels of IL-6 can induce the over-
production and accumulation of ROS in a nondystrophic
background. We observed not only a strong upregulation of
gp91phox protein in the diaphragm muscle of adult
NSE/IL-6 mice, compared to age-matched wild type, but also
an increased accumulation of ROS in NSE/IL-6 muscles,
highlighted by the extent of DHE-derived fluorescence.
These data indicate that the overexpression of IL-6, indepen-
dently from the absence of a functional dystrophin protein, is
able to induce the establishment of prooxidant conditions in
skeletal muscle tissue that can result in the occurrence of oxi-
dative stress.

The detrimental impact of ROS on cellular and molecular
processes was supported by the increased content of nitrated
proteins, which are considered markers of nitrooxidative
damage and have been related to the alteration of the physi-
ologic NO signalling [3].

It is well known that NADPH content represents a criti-
cal factor supporting the activity of both NOX2 and glutathi-
one system, one of the main cellular antioxidant systems.
Indeed, NADPH is the electron carrier necessary for the con-
version of molecular oxygen into superoxide, by NOX2, and
for the reconstitution of reduced/active glutathione. The
enzyme responsible for the production of NADPH is
G6PD, a member of the NO/HDAC2/miR-1 molecular cir-
cuit, which is known to be altered in DMD muscles and
reported as directly deregulated by the absence of dystrophin
protein [57]. In particular, it has been described that in
dystrophin-deficient muscles, the reduced availability of
nitric oxide resulted in the decreased S-nitrosylation of pro-
teins, including epigenetic regulators as HDAC2. Nonnitro-
sylated HDAC2 actively reduces the expression of the
muscle-specific microRNA, miR-1, leading to the enhanced
expression of G6PD, with a consequent increase of NADPH
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Figure 3: Morphofunctional analysis of NSE/IL-6 and wild-type muscles at 24 weeks of age. (a) Representative image of Haematoxylin and
Eosin staining of transverse sections of diaphragm from 24-week-old wild-type (WT) and NSE/IL-6 mice. Scale bar, 100 μm. (b) Frequency
distribution of myofiber cross-sectional area (CSA) in transgenic (NSE/IL-6) and wild-type (WT) diaphragmmuscle. Data are represented as
medians; n = 4; ∗∗∗∗p < 0:0001. Real-time PCR analysis for the expression of Atrogin1 (c), MURF-1 (d), CTSL (e), and LC3 (f). Values
represent mean ± SEM; n ≥ 5 mice per genotype. ∗p < 0:05 by unpaired t-test. (g) Haematoxylin and Eosin staining of transverse section of
extensor digitorum longus (EDL) muscles from indicated genotypes. Scale bar, 100 μm. (h) Frequency distribution of myofiber cross-
sectional area (CSA) in transgenic (NSE/IL-6) and wild-type (WT) EDL muscle. Data are represented as medians; n ≥ 3; ∗∗∗∗p < 0:0001.
Physiological properties of EDL muscles from 24-week-old wild-type (WT) and NSE/IL-6 mice: (i) Maximum force (mN) and (j) specific
force (mN/mm2). Data are represented as mean ± SD of EDL muscle maximum force (i) and specific force (j); n > 31; ∗∗p < 0:01.
Atrogin1: MAFbx/Atrogin1; MURF-1: Muscle RING Finger-1; CTSL: cathepsin L; LC3: microtubule-associated protein 1 light chain 3.
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content in dystrophic muscles. This deregulated pathway
provides substrate mainly for the activity of NOX2, since
the glutathione system is known to be impaired in DMD
muscles. Thus, to investigate potential mechanisms associ-
ated to a redox disequilibrium and responsible for the
enhanced production of ROS in skeletal muscle exposed to
elevated levels of serum IL-6, we evaluated central mediators
of the HDAC2/miR-1/G6PD axis in NSE/IL-6 diaphragm
muscles. We revealed a significant downmodulation of
miR-1 and a concomitant upregulation of G6PD expression
in NSE/IL-6 diaphragm compared to wild-type muscle.
These data indicate that increasing levels of IL-6 not only
induced the enhanced expression of NOX2 protein but are
also involved in the perturbation of critical redox-related
molecular circuits which are able to potentiate the NOX2-
dependent ROS production in skeletal muscle.

Another critical mechanism participating in the mainte-
nance of a proper cellular redox balance is the activation of
the endogenous antioxidant response. It has been described
that Nrf2, a redox-sensible transcription factor, can induce
the activation of the endogenous antioxidant defence and
the expression of important players involved in the cellular
stress response, such as IL-6 [19–23]. Indeed, it has been
reported that not only Nrf2 can induce IL-6 expression by
interacting with a responsive element in the IL-6 promoter
but also that IL-6 can in turn enhance the Nrf2-mediated
antioxidant response [76]. However, under pathologic condi-
tions such as sepsis, characterized by a massive cytokine
release, including IL-6, the antioxidant defence is impaired
suggesting an hormetic stress response to IL-6 cytokine
[77]. We recently reported that elevated levels of IL-6 in dys-
trophic muscles are related to the impairment of the Nrf2-
mediated antioxidant response, promoting the extent of local
and systemic oxidative damage and contributing to the pro-
gression of the pathology [27, 28]. Thus, to clarify the impact
of abnormal levels of IL-6 on the physiologic response to oxi-
dative conditions, we evaluated the Nrf2-dependent antioxi-
dant response in NSE/IL-6 and wild-type muscles. The
reduced expression of Nrf2 and the deregulation of Nrf2-
dependent antioxidant genes, observed in NSE/IL-6 mice,
clearly indicate that IL-6 can impair the detoxification of
ROS in muscle tissue. Indeed, although the expression of
SOD1 gene in NSE/IL-6 muscles was similar to wild-type
levels, we revealed an impaired expression of CAT-1,
NQO1, and GCL genes in mice overexpressing IL-6. In par-
ticular, CAT-1 is responsible for the neutralization of H2O2,
NQO1 is a NADPH-dependent superoxide scavenger, and
GCL represents the rate-limiting enzyme for the de novo syn-
thesis of glutathione (GSH) [78, 79]. Thus, our data indicate
that in NSE/IL-6 muscles the superoxide produced by NOX2
can be dismutated into H2O2, whereas the detoxification of
hydrogen peroxide can be impaired. In addition, the reduced
expression of NQO1 and GCL in NSE/IL-6 diaphragm sug-
gests that the G6PD-derived NADPH can be preferentially
used as a substrate for ROS production instead of ROS neu-
tralization. The alteration of the muscle redox status in IL-
6-overexpressing mice is further supported by the reduced
expression of SIRT1, a multifunctional regulator of the cellu-
lar antioxidant defence, which has been also correlated to the

modulation of inflammatory factors and to the biogenesis of
mitochondria [80].

Mitochondria are pivotal cell source of ROS deriving
from unpaired electrons produced during the oxidative phos-
phorylation process [81]. Based on their active production of
oxidant species, these organelles retain the ability to effi-
ciently counteract the oxidative impact of free radicals, main-
taining their structural and functional integrity, through the
action of antioxidant effectors such as catalase, MnSOD,
and the glutathione and the thioredoxin systems. Of note,
SOD2 and Txnrd2 genes have been recognized as potential
target of Nrf2 [82–84]. Thus, we investigated whether the
impaired expression of Nrf2 in NSE/IL-6 muscle could affect
the expression of important regulators of the mitochondrial
redox status. We found a significant downmodulation of
Txnrd2, but not SOD2 gene expression, in adult NSE/IL-6
muscles compared to control mice. These results suggest that
the alteration of the muscle redox status induced by high
levels of IL-6 might negatively influence the efficacy of the
mitochondrial antioxidant defence, with possible implication
on mitochondrial integrity.

The dysfunction of cellular organelles, along with the
altered structure of membranes and proteins, is a feature of
a deregulated redox condition, namely, oxidative stress,
which can profoundly affect the morphofunctional proper-
ties of skeletal muscle [70]. Since oxidative stress is known
to result from the imbalance between ROS generation and
neutralization, we investigated whether the altered muscle
redox balance, observed in our model, might effectively afflict
muscle phenotype.

Although the histological evaluation of the NSE/IL-6
diaphragm muscle did not reveal evident signs of necrosis,
fibrosis, and mononuclear infiltrating cells, morphometric
analysis showed a significant reduction of myofiber calibre
in NSE/IL-6 diaphragm compared to wild-type muscle.
We thus reasoned that the reduced size of single myofibers
in muscles exposed to aberrant levels of systemic IL-6 might
be related to the activation of atrophic pathways, consider-
ing the acknowledged catabolic action of both IL-6 and
ROS in skeletal muscle. Molecular analysis was performed
to evaluate markers of the main atrophy-related molecular
networks, and we revealed a significant upregulation of
mediators of the ubiquitin-proteasome pathway in the dia-
phragm muscle of 24-week-old NSE/IL-6 mice compared
to age-matched control mice, whereas the expression
markers of the autophagic system were not modulated.
These data supported the hypothesis of a direct involve-
ment of IL-6 in the induction of a ROS-mediated alteration
of skeletal muscle tissue.

In addition, morphofunctional analysis performed on
EDL muscles of both NSE/IL-6 and wild-type mice revealed
that also the EDL muscle, which has been recognized as a
fast-twitch muscle, showed a reduced cross-sectional area of
single myofibers when compared to age-matched wild-type
mice. Since skeletal muscle atrophy is known to be character-
ized by the loss of both muscle mass and contractile proper-
ties [70], we evaluated the ability of EDL muscles to generate
force upon electrical stimulation. The EDL muscle derived
from 24-week-old NSE/IL-6 mice revealed a significant
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reduction of the tetanic force compared to age-matched
wild type, thereby confirming the induction of an atrophic
phenotype.

The observed decline of important morphofunctional
parameters in NSE/IL-6 muscle suggested that elevated levels
of systemic IL-6 might exert a local action, through the
enhanced generation and accumulation of ROS, negatively
influencing skeletal muscle tissue and function.

5. Conclusions

IL-6 has been recognized as a myokine exerting important
functions in skeletal muscle physiopathology. Based on the
opposite roles of IL-6 in body and muscle homeostasis, the
spectrum of action of IL-6 is tightly regulated and its produc-
tion is physiologically maintained at very low levels in serum.
Elevated circulating levels of IL-6 are instead associated to
different pathologic conditions in human and murine
models. Herein, we take the advantage of the NSE/IL-6
mouse model to evaluate the impact of altered serum levels
of IL-6 on skeletal muscle physiology. We highlighted that
circulating IL-6, when deregulated, profoundly affects muscle
homeostasis inducing the establishment of prooxidant condi-
tions, which influence the local redox balance that can in turn
amplify tissue degeneration under pathologic conditions
(Figure 4).
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impaired in NSE/IL-6 muscle. In the presence of nonphysiologic amounts of serum IL-6, NOX2 expression is enhanced in diaphragm
muscle, inducing a sustained generation of superoxide (O2

-). The downmodulation of NQO1 in muscle tissue exposed to increased levels
of serum IL-6 indicates that the NOX2-derived superoxide might be not efficiently neutralized. On the other hand, O2

- is converted by
SOD into hydrogen peroxide (H2O2), whilst its further detoxification can be impaired by the reduced expression of CAT. H2O2 can also
be neutralized through the oxidation of glutathione. The reduced expression of the rate-limiting enzyme to produce glutathione (GSH),
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- can also interact with nitric oxide (NO) inducing
protein modifications. Moreover, the altered regulation of the NO signalling pathway might induce a deregulated expression of glucose 6-
phosphate dehydrogenase (G6PD), the enzyme responsible for the production of NADPH, further enhancing the activity of the NOX2
complex in a feed-forward circuit. NOX2: NADPH oxidase 2; NQO1: NAD(P)H quinone dehydrogenase 1; SOD: superoxide dismutase;
CAT: catalase; GCL: glutamate-cysteine ligase; ONOO-: peroxynitrite; HDAC2: histone deacetylase 2; GSSG: oxidized glutathione.
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Figure S1 the original image of western blot of gp91phox
and GAPDH proteins. Figure S2: original images of west-
ern blot for nitrotyrosinated proteins and of stain-free
blot. Figure S3: the original image of western blot of
G6PD and GAPDH proteins. We refer to these figures in
Section 3.1. (Supplementary Materials)

References

[1] A. Musarò, S. Fulle, and G. Fanò, “Oxidative stress and muscle
homeostasis,” Current Opinion in Clinical Nutrition and Met-
abolic Care, vol. 13, no. 3, pp. 236–242, 2010.

[2] S. K. Powers, L. L. Ji, A. N. Kavazis, and M. J. Jackson, “Reac-
tive oxygen species: impact on skeletal muscle,” Comprehen-
sive Physiology, vol. 1, no. 2, pp. 941–969, 2011.

[3] S. Di Meo, T. T. Reed, P. Venditti, and V. M. Victor, “Role of
ROS and RNS sources in physiological and pathological condi-
tions,” Oxidative Medicine and Cellular Longevity, vol. 2016,
44 pages, 2016.

[4] E. Le Moal, V. Pialoux, G. Juban et al., “Redox control of skel-
etal muscle regeneration,” Antioxidants and Redox Signaling,
vol. 27, no. 5, pp. 276–310, 2017.

[5] E. Barbieri and P. Sestili, “Reactive oxygen species in skeletal
muscle signaling,” Journal of Signal Transduction, vol. 2012,
17 pages, 2012.

[6] M. Kozakowska, K. Pietraszek-Gremplewicz, A. Jozkowicz,
and J. Dulak, “The role of oxidative stress in skeletal muscle
injury and regeneration: focus on antioxidant enzymes,” Jour-
nal of Muscle Research and Cell Motility, vol. 36, no. 6,
pp. 377–393, 2015.

[7] L. Zuo and B. K. Pannell, “Redox characterization of function-
ing skeletal muscle,” Frontiers in Physiology, vol. 6, p. 338,
2015.

[8] M. H. Choi, J. R. Ow, N.-D. Yang, and R. Taneja, “Oxidative
stress-mediated skeletal muscle degeneration: molecules,
mechanisms, and therapies,” Oxidative Medicine and Cellular
Longevity, vol. 2016, Article ID 6842568, 13 pages, 2016.

[9] G. Dobrowolny, M. Martini, B. M. Scicchitano et al., “Muscle
expression of SOD1G93A triggers the dismantlement of neuro-
muscular junction via PKC-theta,” Antioxidants and Redox
Signaling, vol. 28, no. 12, pp. 1105–1119, 2018.

[10] G. Dobrowolny, E. Lepore, M. Martini et al., “Metabolic
changes associated with muscle expression of SOD1G93A,”
Frontiers in Physiology, vol. 9, p. 831, 2018.

[11] B. M. Scicchitano, L. Pelosi, G. Sica, and A. Musarò, “The
physiopathologic role of oxidative stress in skeletal muscle,”
Mechanisms of Ageing and Development, vol. 170, pp. 37–44,
2018.

[12] B. M. Scicchitano, G. Dobrowolny, G. Sica, and A. Musarò,
“Molecular insights into muscle homeostasis, atrophy and
wasting,” Current Genomics, vol. 19, no. 5, pp. 356–369, 2018.

[13] N. P.Whitehead, E. W. Yeung, S. C. Froehner, and D. G. Allen,
“Skeletal muscle NADPH oxidase is increased and triggers
stretch-induced damage in the mdx mouse,” PLoS One,
vol. 5, no. 12, p. e15354, 2010.

[14] M. Mittal, M. R. Siddiqui, K. Tran, S. P. Reddy, and A. B.
Malik, “Reactive oxygen species in inflammation and tissue
injury,” Antioxidants and Redox Signaling, vol. 20, no. 7,
pp. 1126–1167, 2014.

[15] L. F. Ferreira and O. Laitano, “Regulation of NADPH oxidases
in skeletal muscle,” Free Radical Biology and Medicine, vol. 98,
pp. 18–28, 2016.

[16] W. Li and A.-N. Kong, “Molecular mechanisms of Nrf2‐medi-
ated antioxidant response,” Molecular Carcinogenesis, vol. 48,
no. 2, pp. 91–104, 2009.

[17] Y. Guo, S. Yu, C. Zhang, and A.-N. T. Kong, “Epigenetic regu-
lation of Keap1-Nrf2 signaling,” Free Radical Biology and
Medicine, vol. 88, Part B, pp. 337–349, 2015.

[18] K. Itoh, T. Chiba, S. Takahashi et al., “An Nrf2/small Maf het-
erodimer mediates the induction of phase II detoxifying
enzyme genes through antioxidant response elements,” Bio-
chemical and Biophysical Research Communications, vol. 236,
no. 2, pp. 313–322, 1997.

[19] A. Kobayashi, T. Ohta, and M. Yamamoto, “Unique function
of the Nrf2-Keap1 pathway in the inducible expression of anti-
oxidant and detoxifying enzymes,” Methods in Enzymology,
vol. 378, pp. 273–286, 2004.

[20] H. Motohashi and M. Yamamoto, “Nrf2-Keap1 defines a
physiologically important stress response mechanism,” Trends
in Molecular Medicine, vol. 10, no. 11, pp. 549–557, 2004.

[21] C. J. Wruck, K. Streetz, G. Pavic et al., “Nrf2 induces
interleukin-6 (IL-6) expression via an antioxidant response
element within the IL-6 promoter,” Journal of Biological
Chemistry, vol. 286, no. 6, pp. 4493–4499, 2011.

[22] J. W. Kaspar, S. K. Niture, and A. K. Jaiswal, “Nrf2:INrf2
(Keap1) signaling in oxidative stress,” Free Radical Biology
and Medicine, vol. 47, no. 9, pp. 1304–1309, 2009.

[23] A. Loboda, M. Damulewicz, E. Pyza, A. Jozkowicz, and
J. Dulak, “Role of Nrf2/HO-1 system in development, oxida-
tive stress response and diseases: an evolutionarily conserved
mechanism,” Cellular and Molecular Life Science, vol. 73,
no. 17, pp. 3221–3247, 2016.

[24] S. Vomund, A. Schäfer, M. J. Parnham, B. Brüne, and A. von
Knethen, “Nrf2, the master regulator of anti-oxidative
responses,” International Journal of Molecular Sciences,
vol. 18, no. 12, p. 2772, 2017.

[25] E. Birben, U. M. Sahiner, C. Sackesen, S. Erzurum, and
O. Kalayci, “Oxidative stress and antioxidant defense,” World
Allergy Organization Journal, vol. 5, no. 1, pp. 9–19, 2012.

[26] Q. Ma, “Role of nrf2 in oxidative stress and toxicity,” Annual
Review of Pharmacology and Toxicology, vol. 53, pp. 401–
426, 2013.

[27] S. Petrillo, L. Pelosi, F. Piemonte et al., “Oxidative stress in
Duchenne muscular dystrophy: focus on the NRF2 redox
pathway,” Human Molecular Genetics, vol. 26, no. 14,
pp. 2781–2790, 2017.

[28] L. Pelosi, L. Forcina, C. Nicoletti, B. M. Scicchitano, and
A. Musarò, “Increased circulating levels of interleukin-6
induce perturbation in redox-regulated signaling cascades
in muscle of dystrophic mice,” Oxidative Medicine and Cel-
lular Longevity, vol. 2017, Article ID 1987218, 10 pages,
2017.

[29] M. Moulin and A. Ferreiro, “Muscle redox disturbances and
oxidative stress as pathomechanisms and therapeutic targets
in early-onset myopathies,” Seminars in Cell and Developmen-
tal Biology, vol. 64, pp. 213–223, 2017.

[30] J. Lugrin, N. Rosenblatt-Velin, R. Parapanov, and L. Liaudet,
“The role of oxidative stress during inflammatory pro-
cesses,” Biological Chemistry, vol. 395, no. 2, pp. 203–230,
2014.

11Oxidative Medicine and Cellular Longevity

http://downloads.hindawi.com/journals/omcl/2019/3018584.f1.pdf


[31] L. Forcina, L. Pelosi, C. Miano, and A. Musarò, “Insights into
the pathogenic secondary symptoms caused by the primary
loss of dystrophin,” Journal of Functional Morphology and
Kinesiology, vol. 2, no. 4, p. 44, 2017.

[32] J. R. Terrill, H. G. Radley-Crabb, T. Iwasaki, F. A. Lemckert,
P. G. Arthur, and M. D. Grounds, “Oxidative stress and
pathology in muscular dystrophies: focus on protein thiol oxi-
dation and dysferlinopathies,” The FEBS Journal, vol. 280,
no. 17, pp. 4149–4164, 2013.

[33] S. J. Forrester, D. S. Kikuchi, M. S. Hernandes, Q. Xu, and K. K.
Griendling, “Reactive oxygen species in metabolic and inflam-
matory signaling,” Circulation Research, vol. 122, no. 6,
pp. 877–902, 2018.

[34] P. Munoz-Canoves, C. Scheele, B. K. Pedersen, and A. L. Ser-
rano, “Interleukin‐6 myokine signaling in skeletal muscle: a
double‐edged sword?,” The FEBS Journal, vol. 280, no. 17,
pp. 4131–4148, 2013.

[35] L. Forcina, C. Miano, and A. Musarò, “The physiopathologic
interplay between stem cells and tissue niche in muscle regen-
eration and the role of IL-6 on muscle homeostasis and dis-
eases,” Cytokine and Growth Factor Reviews, vol. 41, pp. 1–9,
2018.

[36] L. Forcina, C. Miano, B. Scicchitano, and A. Musarò, “Signals
from the niche: insights into the role of IGF-1 and IL-6 in
modulating skeletal muscle fibrosis,” Cells, vol. 8, no. 3,
p. 232, 2019.

[37] P. C. Heinrich, I. Behrmann, G. Müller-Newen, F. Schaper,
and L. Graeve, “Interleukin-6-type cytokine signalling through
the gp130/Jak/STAT pathway,” Biochemical Journal, vol. 334,
Part 2, pp. 297–314, 1998.

[38] P. C. Heinrich, I. Behrmann, S. Haan, H. M. Hermanns,
G. Müller-Newen, and F. Schaper, “Principles of interleukin
(IL)-6-type cytokine signalling and its regulation,” Biochemical
Journal, vol. 374, Part 1, pp. 1–20, 2003.

[39] A. L. Serrano, B. Baeza-Raja, E. Perdiguero, M. Jardí, and
P. Muñoz-Cánoves, “Interleukin-6 is an essential regulator of
satellite cell-mediated skeletal muscle hypertrophy,” Cell
Metabolism, vol. 7, no. 1, pp. 33–44, 2008.

[40] J. A. Carson and K. A. Baltgalvis, “Interleukin-6 as a key regu-
lator of muscle mass during cachexia,” Exercise and Sport Sci-
ences Reviews, vol. 38, no. 4, pp. 168–176, 2010.

[41] M. R. Douglas, K. E. Morrison, M. Salmon, and C. D. Buckley,
“Why does inflammation persist: a dominant role for the stro-
mal microenvironment?,” Expert Reviews in Molecular Medi-
cine, vol. 4, no. 25, pp. 1–18, 2002.

[42] S. Rose-John, “IL-6 trans-signaling via the soluble IL-6 recep-
tor: importance for the pro-inflammatory activities of IL-6,”
International Journal of Biological Sciences, vol. 8, no. 9,
pp. 1237–1247, 2012.

[43] S. O’Reilly, M. Ciechomska, R. Cant, and J. M. van Laar,
“Interleukin-6 (IL-6) trans signaling drives a STAT3-
dependent pathway that leads to hyperactive transforming
growth factor-β (TGF-β) signaling promoting SMAD3 activa-
tion and fibrosis via gremlin protein,” The Journal of Biological
Chemistry, vol. 289, no. 14, pp. 9952–9960, 2014.

[44] C. Garbers, S. Heink, T. Korn, and S. Rose-John, “Interleukin-
6: designing specific therapeutics for a complex cytokine,”
Nature Reviews Drug Discovery, vol. 17, no. 6, pp. 395–412,
2018.

[45] L. Pelosi, M. G. Berardinelli, L. Forcina et al., “Increased levels
of interleukin-6 exacerbate the dystrophic phenotype in mdx

mice,” Human Molecular Genetics, vol. 24, no. 21, pp. 6041–
6053, 2015.

[46] L. Pelosi, M. G. Berardinelli, L. De Pasquale et al., “Functional
and morphological improvement of dystrophic muscle by
interleukin 6 receptor blockade,” eBioMedicine, vol. 2, no. 4,
pp. 285–293, 2015.

[47] F. De Benedetti, T. Alonzi, A. Moretta et al., “Interleukin 6
causes growth impairment in transgenic mice through a
decrease in insulin-like growth factor-I. a model for stunted
growth in children with chronic inflammation,” Journal of
Clinical Investigation, vol. 99, no. 4, pp. 643–650, 1997.

[48] Z. Del Prete, A. Musarò, and E. Rizzuto, “Measuring mechan-
ical properties, including isotonic fatigue, of fast and slow
MLC/mIgf-1 transgenic skeletal muscle,” Annals of Biomedical
Engineering, vol. 36, no. 7, pp. 1281–1290, 2008.

[49] A. Gomes, E. Fernandes, and J. L. F. C. Lima, “Fluorescence
probes used for detection of reactive oxygen species,” Journal
of Biochemical and Biophysical Methods, vol. 65, no. 2–3,
pp. 45–80, 2005.

[50] N. Patsoukis, I. Papapostolou, and C. D. Georgiou, “Interfer-
ence of non-specific peroxidases in the fluorescence detection
of superoxide radical by hydroethidine oxidation: a new assay
for H2O2,” Analytical and Bioanalytical Chemistry, vol. 381,
no. 5, pp. 1065–1072, 2005.

[51] P. Wardman, “Fluorescent and luminescent probes for mea-
surement of oxidative and nitrosative species in cells and tis-
sues: progress, pitfalls, and prospects,” Free Radical Biology
and Medicine, vol. 43, no. 7, pp. 995–1022, 2007.

[52] J. Zielonka, M. Hardy, and B. Kalyanaraman, “HPLC study of
oxidation products of hydroethidine in chemical and biologi-
cal systems: ramifications in superoxide measurements,” Free
Radical Biology andMedicine, vol. 46, no. 3, pp. 329–338, 2009.

[53] B. Kalyanaraman, V. Darley-Usmar, K. J. A. Davies et al.,
“Measuring reactive oxygen and nitrogen species with fluores-
cent probes: challenges and limitations,” Radical Biology and
Medicine, vol. 52, no. 1, pp. 1–6, 2012.

[54] A. Wojtala, M. Bonora, D. Malinska, P. Pinton, J. Duszynski,
and M. R. Wieckowski, “Methods to monitor ROS production
by fluorescence microscopy and fluorometry,” Methods in
Enzymology, vol. 542, pp. 243–262, 2014.

[55] P. Pacher, J. S. Beckman, and L. Liaudet, “Nitric oxide and per-
oxynitrite in health and disease,” Physiological Reviews, vol. 87,
no. 1, pp. 315–424, 2007.

[56] R. Radi, “Protein tyrosine nitration: biochemical mechanisms
and structural basis of functional effects,” Accounts of Chemi-
cal Research, vol. 46, no. 2, pp. 550–559, 2013.

[57] D. Cacchiarelli, J. Martone, E. Girardi et al., “MicroRNAs
involved in molecular circuitries relevant for the Duchenne
muscular dystrophy pathogenesis are controlled by the dystro-
phin/nNOS pathway,” Cell Metabolism, vol. 12, no. 4, pp. 341–
351, 2010.

[58] J. C. Begara-Morales, B. Sánchez-Calvo, M. Chaki et al., “Anti-
oxidant systems are regulated by nitric oxide-mediated post-
translational modifications (NO-PTMs),” Frontiers in Plant
Science, vol. 7, p. 152, 2016.

[59] M. J. Lee and M. B. Yaffe, “Protein regulation in signal trans-
duction,” Cold Spring Harbor Perspectives in Biology, vol. 8,
no. 6, p. a005918, 2016.

[60] R. C. Stanton, “Glucose‐6‐phosphate dehydrogenase, NADPH,
and cell survival,” IUBMBLife, vol. 64, no. 5, pp. 362–369, 2012.

12 Oxidative Medicine and Cellular Longevity



[61] L. Pelosi, A. Coggi, L. Forcina, and A. Musarò, “MicroRNAs
modulated by local mIGF-1 expression in mdx dystrophic
mice,” Frontiers in Aging Neuroscience, vol. 7, p. 69, 2015.

[62] P. D. Ray, B.-W. Huanga, and Y. Tsuji, “Reactive oxygen spe-
cies (ROS) homeostasis and redox regulation in cellular signal-
ing,” Cellular Signalling, vol. 24, no. 5, pp. 981–990, 2012.

[63] L. E. Tebay, H. Robertson, S. T. Durant et al., “Mechanisms of
activation of the transcription factor Nrf2 by redox stressors,
nutrient cues, and energy status and the pathways through
which it attenuates degenerative disease,” Free Radical Biology
and Medicine, vol. 88, Part B, pp. 108–146, 2015.

[64] S. C. Lu, “Regulation of glutathione synthesis,” Molecular
Aspects of Medicine, vol. 30, no. 1–2, pp. 42–59, 2009.

[65] C. Tonelli, I. I. C. Chio, and D. A. Tuveson, “Transcriptional
regulation by Nrf2,” Antioxidants and Redox Signaling,
vol. 29, no. 17, pp. 1727–1745, 2018.

[66] P. S. Pardo and A. M. Boriek, “The physiological roles of Sirt1
in skeletal muscle,” Aging, vol. 3, no. 4, pp. 430–437, 2011.

[67] D. E. Handy and J. Loscalzo, “Redox regulation of mitochon-
drial function,” Antioxidants and Redox Signaling, vol. 16,
no. 11, pp. 1323–1367, 2012.

[68] S. Rohrbach, S. Gruenler, M. Teschner, and J. Holtz, “The
thioredoxin system in aging muscle: key role of mitochondrial
thioredoxin reductase in the protective effects of caloric
restriction?,” American Journal of Physiology-Regulatory, Inte-
grative and Comparative Physiology, vol. 291, no. 4, pp. R927–
R935, 2006.

[69] J. Horstkotte, T. Perisic, M. Schneider et al., “Mitochondrial
thioredoxin reductase is essential for early postischemic myo-
cardial protection,” Circulation, vol. 124, no. 25, pp. 2892–
2902, 2011.

[70] J. Ábrigo, A. A. Elorza, C. A. Riedel et al., “Role of oxidative
stress as key regulator of muscle wasting during cachexia,”
Oxidative Medicine and Cellular Longevity, vol. 2018, Article
ID 2063179, 17 pages, 2018.

[71] S. K. Powers, A. J. Smuder, and D. S. Criswell, “Mechanistic
links between oxidative stress and disuse muscle atrophy,”
Antioxidants and Redox Signaling, vol. 15, no. 9, pp. 2519–
2528, 2011.

[72] F. Haddad, F. Zaldivar, D. M. Cooper, and G. R. Adams, “IL-6-
induced skeletal muscle atrophy,” Journal of Applied Physiol-
ogy, vol. 98, no. 3, pp. 911–917, 2005.

[73] S. K. Powers, A. J. Smuder, and A. R. Judge, “Oxidative stress
and disuse muscle atrophy: cause or consequence?,” Current
Opinion in Clinical Nutrition and Metabolic Care, vol. 15,
no. 3, pp. 240–245, 2012.

[74] M. Sandri, “Protein breakdown in muscle wasting: role of
autophagy-lysosome and ubiquitin- proteasome,” The Inter-
natioal Journal of Biochemistry and Cell Biology, vol. 45,
no. 10, pp. 2121–2129, 2013.

[75] J.-H. Kim, H.-B. Kwak, L. V. Thompson, and J. M. Lawler,
“Contribution of oxidative stress to pathology in diaphragm
and limb muscles with Duchenne muscular dystrophy,” Jour-
nal of Muscle Research and Cell Motility, vol. 34, no. 1,
pp. 1–13, 2013.

[76] M. R. Marasco, A. M. Conteh, C. A. Reissaus et al., “Interleu-
kin-6 reduces β-cell oxidative stress by linking autophagy with
the antioxidant response,” Diabetes, vol. 67, no. 8, pp. 1576–
1588, 2018.

[77] D. A. Lowes, N. R. Webster, M. P. Murphy, and H. F. Galley,
“Antioxidants that protect mitochondria reduce interleukin-6

and oxidative stress, improve mitochondrial function, and
reduce biochemical markers of organ dysfunction in a rat
model of acute sepsis,” British Journal of Anaesthesia,
vol. 110, no. 3, pp. 472–480, 2013.

[78] D. Siegel, D. L. Gustafson, D. L. Dehn et al., “NAD(P)H: qui-
none oxidoreductase 1: role as a superoxide scavenger,”Molec-
ular Pharmacology, vol. 65, no. 5, pp. 1238–1247, 2004.

[79] O. M. Ighodaro and O. A. Akinloye, “First line defence
antioxidants-superoxide dismutase (SOD), catalase (CAT)
and glutathione peroxidase (GPX): their fundamental role in
the entire antioxidant defence grid,” Alexandria Journal of
Medicine, vol. 54, no. 4, pp. 287–293, 2018.

[80] A. Salminen, K. Kaarniranta, and A. Kauppinen, “Crosstalk
between oxidative stress and SIRT1: impact on the aging pro-
cess,” International Journal of Molecular Sciences, vol. 14,
no. 2, pp. 3834–3859, 2013.

[81] J. Kang and S. Pervaiz, “Mitochondria: redox metabolism and
dysfunction,” Biochemistry Research International, vol. 2012,
Article ID 896751, 14 pages, 2012.

[82] R. C. Taylor, G. Acquaah-Mensah, M. Singhal, D. Malhotra,
and S. Biswal, “Network inference algorithms elucidate Nrf2
regulation of mouse lung oxidative stress,” PLoS Computa-
tional Biology, vol. 4, no. 8, p. e1000166, 2008.

[83] T. M. Teixeira, D. C. Da Costa, A. C. Resende, C. O. Soulage,
F. F. Bezerra, and J. B. Daleprane, “Activation of Nrf2-
antioxidant signaling by 1,25-dihydroxycholecalciferol pre-
vents leptin-induced oxidative stress and inflammation in
human endothelial cells,” The Journal of Nutritional Biochem-
istry, vol. 147, no. 4, pp. 506–513, 2017.

[84] Y. Kitaoka, Y. Tamura, K. Takahashi, K. Takeda, T. Takemasa,
and H. Hatta, “Effects of Nrf2 deficiency onmitochondrial oxi-
dative stress in aged skeletal muscle,” Physiological Reports,
vol. 7, no. 3, p. e13998, 2019.

13Oxidative Medicine and Cellular Longevity



Review Article
Oxidative Stress in Cell Death and Cardiovascular Diseases

Tao Xu ,1,2 Wei Ding,3 Xiaoyu Ji,1 Xiang Ao,2 Ying Liu ,2 Wanpeng Yu,1

and Jianxun Wang 1,2

1School of Basic Medical Sciences, Qingdao University, Qingdao, China
2Center for Regenerative Medicine, Institute for Translational Medicine, College of Medicine, Qingdao University, Qingdao, China
3Department of Comprehensive Internal Medicine, Affiliated Hospital, Qingdao University, Qingdao, China

Correspondence should be addressed to Jianxun Wang; wangjx@qdu.edu.cn

Tao Xu and Wei Ding contributed equally to this work.

Received 23 May 2019; Accepted 11 September 2019; Published 4 November 2019

Guest Editor: Andrey J. Serra

Copyright © 2019 Tao Xu et al. This is an open access article distributed under the Creative Commons Attribution License, which
permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.

ROS functions as a second messenger and modulates multiple signaling pathways under the physiological conditions. However,
excessive intracellular ROS causes damage to the molecular components of the cell, which promotes the pathogenesis of various
human diseases. Cardiovascular diseases are serious threats to human health with extremely high rates of morbidity and mortality.
Dysregulation of cell death promotes the pathogenesis of cardiovascular diseases and is the clinical target during the disease
treatment. Numerous studies show that ROS production is closely linked to the cell death process and promotes the occurrence
and development of the cardiovascular diseases. In this review, we summarize the regulation of intracellular ROS, the roles of ROS
played in the development of cardiovascular diseases, and the programmed cell death induced by intracellular ROS. We also focus
on anti-ROS system and the potential application of anti-ROS strategy in the treatment of cardiovascular diseases.

1. Introduction

ROS refers to a group of small reactive molecules and is
produced under both the normal life process and the various
pathological conditions. ROS can function as a signaling
molecule or a risk factor for the occurrence of diseases [1].
The levels of intracellular ROS are precisely regulated to limit
it to a certain level. However, intracellular ROS can be
damaged to the cell if ROS level is out of the normal
range under the pathological conditions. The intracellular
ROS is closely correlated with the pathogenesis of cardio-
vascular diseases, including the atherosclerosis, myocardial
ischemia/reperfusion injury, myocardial hypertrophy, and
heart failure [2]. However, the current therapeutic strategies
to target the intracellular ROS are unsuccessful in the clinical
trial of cardiovascular disease treatment. The reason of the
failure is ascribed to the inability to clarify the specific roles
of ROS and target the accurate ROS resources under different
pathological conditions, and the nonspecific antioxidant
approach cannot scavenge ROS properly and effectively [3].

Understanding the precise mechanism of ROS production,
ROS-related signaling pathways, and the different roles
ROS played under different pathological conditions is essen-
tial for increasing the chance of success during cardiovascular
disease treatment. Moreover, cell death induced by ROS is
closely related with the pathogenesis of cardiovascular
diseases. Exploration of the mechanisms of cell death and
the development of anticell death strategy will also provide
opportunity for the cardiovascular disease treatment.

2. ROS Resources in the
Cardiovascular Diseases

2.1. Excessive ROS in Vascular Dysfunction. Even though
small amounts of intracellular ROS are continuously pro-
duced in cells, excessive generation of ROS, caused by patho-
logical stimuli or the failure of ROS clearance system, is the
major cause of various vascular dysfunctions. Accumulating
evidences suggest that excessive ROS contributes to the

Hindawi
Oxidative Medicine and Cellular Longevity
Volume 2019, Article ID 9030563, 11 pages
https://doi.org/10.1155/2019/9030563

https://orcid.org/0000-0003-1698-5556
https://orcid.org/0000-0003-1699-9309
https://orcid.org/0000-0002-3731-6514
https://creativecommons.org/licenses/by/4.0/
https://creativecommons.org/licenses/by/4.0/
https://doi.org/10.1155/2019/9030563


altered vascular functions including endothelial dysfunction,
vascular smooth muscle cell (VSMC) overgrowth, and struc-
tural remodeling. Moreover, oxidative stress could induce
vascular inflammation and injury through activation of the
transcription factors, upregulation of adhesion molecules,
stimulation of chemokine production, and recruitment of
inflammatory cells [4, 5]. Considering these important roles
of ROS in the pathogenesis of vascular dysfucntion, a clear
classification of the ROS resources and the roles it plays
under different pathological conditions is urgently needed.

2.1.1. ROS from the NADPH Oxidase Activity. Although the
intracellular ROS comes from multiple sources, the activities
of NADPH oxidases (NOXs) are the only primary ROS
resources (Figure 1) [6, 7]. NOXs could generate a large burst
of O2

- with NADPH serving as electron donor in the VSMC,
endothelial cells, and fibroblasts [8]. Moreover, NOX-derived
ROS can uncouple the NO synthase and promote O2

- gener-
ation through oxidative degradation of NO synthase cofac-
tor, H4B. There are 5 different NOX isoforms identified
until now [8, 9]. NOXs are expressed in a cell- and tissue-
specific fashion and are differently regulated under various
pathological conditions (Figure 1).

The NOX1, NOX2, NOX4, and NOX5 are all expressed
in endothelial cells [10]. Other cell types in the vascular wall,
including VSMCs and the immune cells, also express NOXs,
which also contribute to ROS production under certain con-
ditions (Figure 1) [11–13]. NOX2 is likely to be the most
important ROS resource under pathological conditions while
NOX4 plays a protective role in contrast through promoting

NO bioavailability and suppressing cell death [14]. The
remnant lipoprotein particles (RLPs) or oxLDL, which are
the coronary risk factors and predictors of cardiovascular
events, will increase NOX2 expression and the subsequent
ROS production but have no effect on the expression of
NOX4 in endothelial cells [15]. It is shown that NOX2
knockout mice protect endothelial cells from ROS damage
in the aorta in the atherosclerosis model, suggesting that
NOX2-deprvied ROS is the major cause of atherosclerosis
[16]. Angiotensin II is a potent inducer of vascular ROS pro-
duction and promotes the vessel dysfunction. Evidences
showed that Ang II could increase the expression of NOX2
and promote the acute assembly of this oxidase complex in
the endothelial cells. In contrast, NOX4 could antagonize
Ang II-induced endothelial dysfunction. NOX4 knockout
mice accelerate the aortic medial hypertrophy and cytokine
production in the mouse model [17].

2.1.2. Xanthine Oxidase. The activity of xanthine oxidase
(XO) is another major source of intracellular ROS. There
are two forms of XOs with different substrates. The dehydro-
genase form uses both NAD+ and oxygen as an electron
acceptor, with a preference to NAD+. The oxidase form of
XO using themolecular oxygen as electron acceptor produces
ROS without reducing NAD+. Evidences show that Ang II
could increase the protein levels of XO. XO knockout dramat-
ically decreases the ROS production during Ang II-induced
vascular dysfunction, suggesting that XO activity is a major
ROS resource under this condition [18]. NOX inhibition
can prevent the Ang II-induced superoxide from XO,
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Figure 1: ROS resources during cardiovascular diseases. The NOX-derived ROS are the primary ROS resources. NOX1, NOX2, NOX4, and
NOX5 are expressed in the endothelial cell. NOX1 and NOX2 are expressed in the VSMC. NOX2 and NOX4 are abundant in cardiomyocyte.
The activity of NOX2 in the immune cells also contributes to the ROS production under pathological condition. NOX-derived ROS can
uncouple the NO synthase and promote O2

- generation. The xanthine dehydrogenase is transformed into xanthine oxidase by oxidation
which uses oxygen as an electron acceptor and produces ROS. Ischemia disrupts the oxygen supply and promotes the electron
accumulation of electron transport chain. Reperfusion recovers the oxygen and promotes O2

- production. Monoamine oxidase (MAO)
anchored on the mitochondrial outer membrane degrades the monoamines and produces H2O2.
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suggesting that the activation of XO by Ang II needs the activ-
ity of NOX [19]. Cytokines can also stimulate the expression
of XO, and XO is involved in ROS production induced by vas-
cular inflammation [20, 21]. The activity of endothelial XO is
also observed to be increased in the coronary disease patients.
All these evidences support the application of targeting XOs
during the cardiovascular disease treatment.

The protective roles of XO inhibitors have been tested in
the animal models of cardiovascular diseases. Tungsten, an
inhibitor of XO, can prevent the development of atheroscle-
rosis in ApoE-/- mice [22]. Allopurinol, another inhibitor of
XO, can attenuate endothelial dysfunction in HF patients
[23]. In addition, the product of XO is a biomarker during
the diagnosis of cardiovascular diseases [24]. These evidences
suggest the important roles of XO in the vascular dysfunc-
tion, and targeting XO may represent an important way for
disease treatment.

2.2. ROS in Cardiac Remodeling and Heart Failure. The
cardiac pathological conditions including cardiomyocyte
hypertrophy, dysregulation of cell death, and remodeling of
the extracellular matrix contribute to the final heart failure.
Accumulating evidences demonstrate that intracellular ROS
and its related signaling pathways are actively involved in
these cardiac functional abnormalities.

2.2.1. ROS from Enzymatic Activity. NOXs are also involved
in the myocardial ROS production process (Figure 1). Both
in the experimental models of the left ventricular hypertro-
phy (LVH) and in the end-stage failing human myocardium,
the increased NOX activity is found to be closely correlated
with these pathogenic processes [25, 26]. NOX2 and NOX4
are abundantly expressed in the cardiomyocytes. In the
mouse model of LVH induced by angiotensin II or atrial
natriuretic factor, ROS production is inhibited and cardiac
function is improved by NOX2 knockout, indicating that
NOX2-derived ROS plays a critical role in Ang II-induced
hypertrophy [27, 28]. However, cardiac pressure overload-
induced hypertrophy cannot be inhibited by NOX2 knock-
out, suggesting that NOX2 is not important in this process.
In contrast, NOX4 promotes the LVH induced by pressure
overload [29, 30]. Adverse remodeling of the left ventricle
caused by myocardial infarction will develop into the final
chronic heart failure (CHF) in patients. ROS generated from
the NOXs activates the matrix metalloproteinase, which
drives matrix turnover and promotes the left ventricle dilata-
tion [31]. The NOX-derived ROS activity also plays an
important role in myocardial infarction both in the mouse
model and in the patients [25, 32]. The activity of xanthine
oxidase (XO) also contributes to the cardiac adverse left ven-
tricle remodeling after myocardial infarction in the mouse
model. Inhibitor of XO improves the cardiac function in
the mouse model of myocardial infarction (MI) [33]. Mono-
amine oxidase (MAO) is another ROS resource anchored in
the outer membrane of mitochondria [34]. The activity of
MAO increases the levels of H2O2 both in the mitochondria
and the cytosol (Figure 1), which impairs the autophagy pro-
cess, leading to the accumulation of damaged organelles and
the final myocardial necrosis [35]. MAO is also involved in

the pathogenesis of heart failure and myocardial ischemia/
reperfusion injury [36, 37].

2.2.2. ROS from Mitochondria. The activity of mitochondria
electron transport chain (ETC) produces ATP for the cellular
energy demand with the oxygen as the electron acceptor
(Figure 1), which is another ROS resource [38]. Moreover,
mitochondrial dysfunction during the pathological process
can lead to the ROS burst which activates multiple cell death
signaling pathways. Evidences show that mitochondrial ROS
is produced in both the ischemia stage and the reperfusion
stage during myocardial ischemia/reperfusion injury. Ische-
mia disrupts the oxygen supply and induces the collapse of
electron transport chain (ETC), with the accumulation of
electron. The O2 and ATP depletion during ischemia also sets
the condition for the ROS production during reperfusion
stage [39, 40]. Reestablishment of oxygen at the reperfusion
stage acutely increases the generation of ROS, which leads
to subsequent myocardial cell death [41]. Moreover, mito-
chondrial ROS will lead to the inactivation of iron-sulfur
(Fe-S) centers, releasing free iron and leading to subsequent
lipid oxidation through Fenton reaction [42].

3. ROS and Programed Cell Death

A direct outcome of excessive ROS production is the induc-
tion of cell death, which is the major cause of various cardio-
vascular diseases under different pathological conditions
[43]. Programmed cell death is the important therapeutic
target during disease treatment as it is regulated by the gene
products [44]. Apoptosis is the first established programmed
cell death and has been studied intensively in the past 2
decades. In addition to the apoptotic cell death, other modes
of programed cell death have recently been identified and are
demonstrated to contribute to the pathogenesis of cardio-
vascular diseases (Figure 2) [45]. Understanding the roles
of different cell death processes in cardiovascular diseases
and the underlying signaling pathways will improve the
therapeutic strategy.

3.1. Apoptosis. Apoptosis is the firstly coined and mostly
studied programmed cell death process. Numerous studies
show that apoptosis contributes to both the acute loss of
cardiomyocytes in myocardial ischemia/reperfusion injury
and the chronic loss of cardiomyocytes in the chronic heart
failure [46]. ROS is closely related with cardiomyocyte
apoptosis. Both the extrinsic death receptor pathways and
the intrinsic mitochondrial pathways are involved in the
myocardial apoptosis induced by ROS. The binding of
ligands with death receptor induces lipid raft formation and
NOX assembly and activation, which leads to the ROS gener-
ation. ROS will promote the formation of lipid raft-derived
signaling platforms, activating the death receptor-mediated
apoptosis [47].

During the activation of the intrinsic mitochondrial
apoptosis pathways, excessive ROS promotes the perme-
abilization of the mitochondrial outer membrane through
activation of the proapoptotic Bcl-2 superfamily proteins
[48]. Increased mitochondrial permeability will lead to the
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release of apoptosis activators, triggering the activation of
apoptosis [49]. What is more, ROS can induce apoptosis
through the activation of apoptosis initiation signaling path-
ways or inhibition of the protective mechanisms of the cell
[50, 51].

Although the myocardial apoptosis signaling pathways
have been intensively studied and therapeutic targeting of
apoptotic pathways shows potential in the treatment of heart
failure, it is still not convincing to say that the inhibition of
apoptosis can efficiently prevent heart failure in the patients.
One reason may be that inhibition of apoptosis may activate
the necrotic cell death, which is a major cell death process
during the heart failure. Another important thing may be
that it is important to initiate treatment at the most suitable
time. For example, cell death may occur in a certain stage,
such as the beginning of reperfusion stage.

3.2. Myocardial Necrosis. It is considered that myocardial
necrosis has a stronger effect on the loss of cardiomyocyte
than apoptosis [52]. Recent evidences demonstrate that some
necrosis can also be regulated by multiple signaling pathways
rather than a passive cell death process [53]. There are two
major signaling pathways regulating the myocardial necrosis,
the RIP-mediated necrosis pathway and the mitochondrial
necrosis pathway [54]. The burst of intracellular ROS during
the myocardial I/R injury through XO activity or mitochon-
dria ROS formation leads to myocardial necrosis and pro-
motes myocardial damage [55]. The role of ROS in the
induction of myocardial necrosis can also be demonstrated
from several recent works. Wang et al. showed that ROS will
elevate the protein levels of RIP1 and RIP3, promoting the
H2O2-induced necrosis in H9c2 cells. These results are also

confirmed in the mouse model of ischemia/reperfusion
injury [56]. Another study by Zhang et al. demonstrates
that RIP3 can promote the activity of CAMK II under
the doxorubicin or H/R-induced oxidative stress through
phosphorylation and oxidation of CAMK II. CAMK II
activation increases the mitochondrial calcium, which
induces myocardial necrosis [57]. Evidences show that MPTP
(mitochondrial permeability transition pore) opening at the
beginning of the reperfusion stage contributes to almost 50%
of the infarct size while ROS is the potent inducer of MPTP.
Cypd is the most important component of MPTP. Cypd-
deficient mice subject to ischemia/reperfusion injury lead to
the smaller infarcted size than the wild-type mice. The inhib-
itor of Cypd, cyclosporin A (CsA), can also decrease infarcted
size in the in vivo mouse model [58]. Another study shows
that apoptosis repressor with card domain (ARC) can inhibit
MPTP opening by interacting with Cypd and blocking the
MPTP complex assembly. Under the oxidative condition,
p53 is upregulated and represses the expression of ARC at
transcriptional level, which releases the Cypd from binding
with ARC and promotes the opening of MPTP [59].

Nec-1 is a specific RIP1 inhibitor and could markedly
reduce infarct size in the cardiac ischemia/reperfusion injury.
Nec-1 can also prevent the cardiac adverse remodeling after
ischemia/reperfusion in the mouse model [60]. However,
Nec-1 has been reported to cause cell death in some cases
during the clinical trial. Fortunately, the Nec-1 analogue,
Nec-1s, had been developed and the promotion of cell death
is not observed [61]. There are also some other inhibitors of
RIP-1 that have recently been developed. GSK963 is a new
RIP1 inhibitor and is more effective than Nec-1 in inhibiting
RIP1-dependent cell death. The clinical application of CsA is
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Figure 2: Schematic diagram of programmed cell death during ROS-induced myocardial injury.
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validated only in a small number of patients, and these results
are doubted by several studies and a larger clinical trial is
required for the further confirmation [62, 63]. A present
work reports that a modified mtCsA (mitochondria-targeted
CsA) with a much-improved Cypd binding affinity yields
better cardioprotective role than CsA in a mouse model of
I/R [64]. Although these necrosis inhibitors show great
potential in the treatment of heart diseases, its clinical
significance is still under debate and needs to be further
verified [65].

3.3. Autophagic Cell Death. A basal level of autophagy is
essential for removal and renewal of dysfunctional organelles
and damaged proteins. The cardiomyocytes also depend on
autophagy to maintain intracellular homeostasis. Autophagy
has also been linked to cardiovascular diseases under the
oxidative stress [66]. Intense investigation of the role of
autophagy under pathological conditions has currently
been carried out. However, evidences show that autophagy
seems to play dual roles in cardiovascular diseases caused
by excessive ROS. On one side, there are numerous evi-
dences showing that autophagy could protect the cardio-
myocytes from injury in the cardiac dysfunction. During
the ischemia/reperfusion injury, researchers find that
autophagy flux is markedly reduced in cardiomyocytes with
downregulation of LAMP2 and BECN1 [67, 68]. Upregula-
tion of autophagy through rapamycin treatment can attenu-
ate myocardial ischemia/reperfusion injury [69, 70]. In the
models of doxorubicin cardiotoxicity, doxorubicin blocks
cardiomyocyte autophagic flux accompanied by robust
accumulation of undegraded autolysosomes. This impaired
autophagy process is harmful to the cardiomyocytes, and
clearance of these undegraded autolysosomes will relieve
the doxorubicin cardiotoxicity [71]. On another side, there
are also evidences supporting the negative roles of autophagy
in the survival of cardiomyocytes under oxidative stress from
several studies. In the high-glucose-induced ROS generation
and cardiomyocyte dysfunction, autophagy flux is also inhib-
ited. However, researchers show that this autophagy inhibi-
tion is only an adaptive response. Conversely, rapamycin
treatment or BECN1 or ATG7 overexpression could increase
autophagy and promote cardiomyocyte death induced by
high glucose [72]. In another study, Liu et al. found that
autophagy promotes the H2O2 and myocardial ischemia/
reperfusion-induced cardiomyocyte injury which is attenu-
ated by inhibition of autophagy through a LncRNA, a cardiac
autophagy inhibitory factor (CAIF) [73]. These evidences
support the roles of autophagy in promoting myocardial cell
death. In summary, the role of autophagy in cardiomyocyte
death depends on the specific situation. Moderate autophagy
may promote survival by removing damaged organelles
caused by ROS and recycling macromolecules to maintain
energy levels. However, prolonged ischemia and subsequent
reperfusion result in excessive autophagy which contributes
to the self-digestion and ROS production.

3.4. Ferroptosis. Ferroptosis is a newly corned programmed
cell death process. The distinct feature of ferroptosis is the
iron-dependent lipid peroxide accumulation [74]. Ferropto-

sis also participates in the pathogenesis of cardiovascular
diseases. In an ex vivo heart model of ischemia/reperfusion
injury, inhibition of ferroptosis by treatment with glutamino-
lysis inhibitor compound 968 or iron chelator DFO could
improve the heart function and reduce the infarct sizes
[75]. Doxorubicin is a traditional antitumor drug whose
clinical application is limited by its cardiotoxicity. Doxoru-
bicin’s cardiotoxicity is usually attributed to its role in
myocardial apoptosis initiation [76]. However, the recent
work by Fang et al. shows that ferroptosis occurs in
the doxorubicin-induced cardiomyopathy. In this study,
researchers find that doxorubicin can elevate the mitochon-
dria iron level and cause mitochondrial lipid peroxide
accumulation, which promotes an oxidative stress and the
subsequent ferroptotic cell death [77]. Although the roles of
ferroptosis have been partially delineated in the cardiomyo-
cytes, the regulatory mechanism of ferroptosis remains
largely unknown. Myocardial ferroptosis may occur in some
other human pathological conditions. For example, high
levels of heme iron in the diet will increase the iron levels
in the circulation, which can be taken up by the cardiomyo-
cyte. A fraction of the circulating iron is redox-active, and
the excessive uptake of iron may contribute to oxidant-
mediated ferroptotic cell death [78]. Until now, the cardio-
protective role of ferroptosis is only tested in a mouse model.
The application of ferroptosis inhibitors in the treatment of
cardiovascular diseases needs to be further explored.

4. Anti-ROS Systems and Clinical Application

4.1. Endogenous Antioxidant System

4.1.1. GSH-Linked Enzymatic Defense Systems. To protect
against the damaging effects of ROS, cells have developed
multiple antioxidant systems to guarantee the timely removal
of ROS. One of the most important is the tripeptide glutathi-
one, GSH, and the GSH-linked enzymatic defense systems.
GSH functions as a cofactor for the GSH-peroxidase families.
GPX4 is one of the GSH-peroxidases and can interact with
lipid hydroperoxides efficiently and catalyze the degradation
of peroxides. The mitochondrial GPX4 is the first defense
system to avoid ROS damage. The deletion of mitochondria
GSH is closely correlated with the ROS toxicity-related cell
death process (Figure 3). Although GSH also exists in the
cytosol, it seems that cytosolic GSH is less important than
that in the mitochondria [79]. Overexpression of mitochon-
drial GPX4 attenuates myocardial ischemia/reperfusion
injury [79]. Recent experiments have also shown that GPX4
is an inhibitor of ferroptosis through the clearance of lipid
peroxides (Figure 3). As ferroptosis also promotes the patho-
genesis of cardiovascular diseases, the inhibition of ferropto-
sis by GPX4 will improve the cardiac function under certain
pathological conditions [80]. GPX4 can also maintain the
vascular homeostasis through its ROS clearance activity.
Evidences show that overexpression of GPX4 could suppress
the atherosclerosis in ApoE-/- mice [81].

4.1.2. Superoxide Dismutase (SOD) and Catalase. SODs are
another antioxidant systems and protect against superoxide-
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mediated cytotoxicity. There are three forms of SODs that
have different intracellular localization. O2

− is the main form
of superoxide and is generated by complex I and complex
III. SOD could transform the O2

− into H2O2, which is a rela-
tively stable and diffusible compared with many other ROS,
and then could be reduced to water by catalase (Figure 3).
Another role of SODs is to maintain the NO level in the endo-
thelial cell which plays a major role in maintaining the basal
vasodilator tone of the vessel. Superoxide could react with
NO efficiently and make NO unavailable. Moreover, reaction
of NO with superoxide will produce peroxynitrite, a potent
oxidant with potential cytotoxicity (Figure 3) [82]. Thus,
timely clearance of superoxide by SODs determines the bioac-
tivity of NO. Overexpression of SODs in the mouse model of
I/R exposed to ischemia/reperfusion injury can decrease
levels of superoxide and infarcted size and improve cardiac
function. Similarly, specific overexpression of catalase in
cardiomyocyte is also found to reduce the adverse remodel-
ing and prevent heart failure in a mouse model of dilated
cardiomyopathy. Overexpression of SODs or catalase can
also retard the atherosclerosis in the ApoE-/- mice [83]. All
these results demonstrated the protective role of SODs
against the ROS-induced cardiovascular diseases.

4.1.3. The Thioredoxin (Trx) System. The thioredoxin (Trx)
system defends against oxidative stress through its disulfide
reductase activity. The removal of ROS though the Trx
system also plays important roles in defensing the oxidative
stress under pathological conditions. Overexpression of
thioredoxin 2 attenuates Ang II-induced vascular dysfunc-
tion [84]. Loss of mitochondrial Trx reductase causes the
inflammation and endothelial dysfunction [85]. Thioredoxin
is also actively involved in the protection of cardiac function.

Evidences show that the thioredoxin activity, which is
regulated by thioredoxin-interacting protein, controls car-
diac hypertrophy [86]. Inactivation of nitrative thioredoxin
promotes cardiomyocyte injury induced by high glucose
and cardiac ischemia/reperfusion [87]. Thioredoxin activity
can also be inhibited by methylglyoxal, aggravating cardio-
myocyte ischemia/reperfusion injury [88]. All these evi-
dences show the close correlation of the thioredoxin with
the cardiovascular homeostasis.

4.1.4. Transcription Factors Activated in Defensing the
Oxidative Stress. Cells could also activate a series of transcrip-
tion factors whose target genes strongly defends against the
oxidative stress through different ways. These transcriptional
factors include the AP-1, HSF1, Nrf2, and the FOXO3a
(Figure 3). These transcriptional factors are very sensitive to
the intracellular oxidative stress and can drive the expression
of target genes rapidly which will protect the cells from dam-
age or kill the cells to avoid further damage. Ap-1 is a leucine
zipper transcription factor and is activated by the H2O2 or
JNK [89, 90]. AP-1 can bind to the promoter region of
SOD in response to the oxidative stress and promote the
expression of SOD to defend against the oxidative stress
damage [91, 92]. However, the role of AP-1 during the path-
ogenesis of cardiovascular diseases is still under debate. Heat
shock transcription factor 1 (HSF1) could translocate into
the nuclear and assemble into a homotrimer, which can bind
to the DNA and drive the expression of heat shock proteins
(HSPs), in response to the oxidative stress [93]. The HSPs
are considered to protect the cardiomyocytes from oxidative
damage in the ischemic cardiac diseases [94, 95]. FOXO3a is
another transcriptional factor exerting a strong protective
role in the ROS-related cardiovascular diseases. FOXO3a
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Figure 3: The anti-ROS system. SOD could transform the O2
- into H2O2 and then could be reduced to water by catalase. There are three

forms of SODs: EC-SOD (extracellular matrix), CuZn-SOD (cytoplasm), and Mn-SOD (mitochondria). Mitochondrial O2
- inactivates

iron-sulfur (Fe-S) centers and releases free iron, leading to subsequent lipid oxidation through Fenton reaction. GPX4 could catalase the
lipid peroxides into alcohol. Antioxidant NAC could promote the synthesis of GSH which is a cofactor of GPX4. ROS will also activate a
series of transcription factors (AP-1, Foxo3a, HSF-1, and Nrf2) whose target genes defend against the oxidative stress-related damage.
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can increase the expression of p27 and inhibit smooth muscle
cell proliferation which promotes the vascular dysfunction
under oxidative stress [96]. FOXO3a is the most abundant
isoform expressed in the heart among the Foxo transcription
factors. FOXO3a knockout will exacerbate the myocardial
ischemia/reperfusion injury with decreased expression of
catalase or SOD [97]. FOXO3a also participates in myocar-
dial autophagy regulation. Evidences showed that overex-
pression of FOXO3a will increase the autophagy level and
prevent the cardiac hypertrophy [98]. Nrf2 has recently been
found to prevent the ferroptotic cell death. One of the impor-
tant targets of Nrf2 is the GSH-linked enzyme, GPX4, which
is an active ROS antagonist as mentioned above [99]. Nrf2
can also regulate the iron metabolism genes and attenuate
ferroptosis through preventing free iron availability.

4.2. Exogenous Antioxidant Strategy.N-acetylcysteine (NAC)
is a potent antioxidant which promotes the synthesis of GSH,
attenuates oxidative stress, and prevents cell death. Evidences
from the animal models show that NAC can attenuate car-
diac injury, prevent cardiac fibrosis and remodeling, and
improve the cardiac function during the heart failure [100].
Moreover, NAC can also inhibit maladaptive autophagy,
which promotes the pathogenesis, in pressure overload-
induced cardiac remodeling in rats [101]. The role of NAC
has also been validated in the myocardial infarction patients,
although these results need to be further explored in a larger
population [102]. Vitamin E is another antioxidant with the
clinical potential to the treatment of cardiovascular diseases.
Evidences from several experimental animal models show
that vitamin E treatment is demonstrated to improve cardiac
function [103]. However, vitamin E fails to prevent the
atherosclerotic disease in the clinical trial. What is more, vita-
min E is also proved to have no effect on both the acute myo-
cardial injury and chronic heart failure patients [104, 105].
Recently, researchers found that high levels of NAD+ could
improve cardiac function in a mouse model of heart failure.
The role of NAD+ in defensing oxidative stress is also
validated in several other works, showing the potential
application in the anti-ROS strategy [106].

However, the inappropriate application of antioxidant
strategy is also harmful to our body. ROS may function as a
second messenger and participate in cell signaling transduc-
tion and redox regulation. These signalings mediated by mild
ROS may even benefit cellular repair processes and improve
protective systems [107]. However, the antioxidants cannot
distinguish among the ROS with a beneficial physiological
role and those that cause oxidative damage to the cell. The
antioxidant may clear the most harmful ROS while on
another side leave not enough ROS for their useful purposes.
The direct outcome of anomaly low ROS may interfere with
the immune system and essential defensive mechanisms for
removal of damaged components of the cell, including those
that are precancerous [108]. Thus, the overtaking of antioxi-
dant may be harmful to our body.

4.3. Anti-ROS Strategy in Clinical Trial. In the clinical trials,
researchers get disappointing results in cardiovascular dis-
ease treatment through oxidative stress inhibition strategy.

The reason for these failure remains largely unknown. One
reason may be that the inadequate understanding of the
ROS production stage and the myocardial injury during dif-
ferent pathological conditions. In the myocardial ischemia/
reperfusion injury, the ROS is largely produced at the begin-
ning of reperfusion stage and mass myocardial cell death
accrued at this stage. However, the current antioxidant
therapies are not able to combat these ROS and cell death.
Another reason may be that the ROS resources during the
pathogenesis of heart failure are more complex than we
now know. There are more complex ROS producers func-
tioning in different pathological conditions. For example,
oxypurinol, inhibitor of xanthine oxidase, has been shown
to improve heart failure in a specific subset of patients
with elevated uric acid. Thus, in these patients, targeting
the xanthine oxidase may represent a better therapeutic
strategy [109].

5. Conclusion

Excessive ROS production is the major cause of oxidative
stress and cardiovascular diseases. Understanding the ROS
production processes and the mechanism of anti-ROS
systems in the cell will benefit the clinical practice in the
treatment of cardiovascular diseases. Although the current
antioxidants seem unsuccessful in the treatment of cardio-
vascular diseases, anti-ROS strategy still represents the most
important ways for cardiovascular disease treatment. Efforts
are still needed to illustrate the mechanisms of ROS produc-
tion and how ROS promotes the pathogenesis of cardiovas-
cular diseases under different conditions. Intracellular ROS
is closely correlated with the myocardial cell death process,
which takes an active role in the pathogenesis of cardiovascu-
lar diseases. Until now, there are several programmed cell
death processes that are identified. However, whether all
these cell death processes contribute to the pathogenesis of
cardiovascular diseases and the major cell mode under differ-
ent conditions in cardiovascular diseases are still needed to be
illustrated. The revelation of the roles of different modes of
cell death plays in the cardiovascular diseases will provide
the precise drug target during disease treatment. Moreover,
the exploration of ROS-related cell death signaling pathways
will also help to develop the therapeutic strategy and protect
cell death from oxidative stress.
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The cellular and molecular mechanisms underlying loss of muscle mass with age (sarcopenia) are not well-understood; however,
heterochronic parabiosis experiments show that circulating factors are likely to play a role. Kynurenine (KYN) is a circulating
tryptophan metabolite that is known to increase with age and is a ligand of the aryl hydrocarbon receptor (Ahr). Here, we
tested the hypothesis that KYN activation of Ahr plays a role in muscle loss with aging. Results indicate that KYN treatment of
mouse and human myoblasts increased levels of reactive oxygen species (ROS) 2-fold and KYN treatment in vivo reduced
muscle size and strength and increased muscle lipid peroxidation in young mice. PCR array data indicate that muscle fiber size
reduction with KYN treatment reduces protein synthesis markers whereas ubiquitin ligase gene expression is not significantly
increased. KYN is generated by the enzyme indoleamine 2,3-dioxygenase (IDO), and aged mice treated with the IDO inhibitor
1-methyl-D-tryptophan showed an increase in muscle fiber size and muscle strength. Small-molecule inhibition of Ahr in vitro,
and Ahr knockout in vivo, did not prevent KYN-induced increases in ROS, suggesting that KYN can directly increase ROS
independent of Ahr activation. Protein analysis identified very long-chain acyl-CoA dehydrogenase as a factor activated by
KYN that may increase ROS and lipid peroxidation. Our data suggest that IDO inhibition may represent a novel therapeutic
approach for the prevention of sarcopenia and possibly other age-associated conditions associated with KYN accumulation
such as bone loss and neurodegeneration.

1. Introduction

The population of people 60 years of age or older is expected
to increase from 8% of the world’s population in 2013 to an
estimated 21% of the world’s population by 2050. This
increase means that in the next 40 years, there will be more
than 2 billion people over 60 years of age [1]. Extending the
health span of the world population so that aged people can
remain disease-free and independent is an important step
toward easing the burden of medical costs and increasing
the quality of life. Several factors contribute to age-related
decline in independence with sarcopenia, the loss of muscle
mass and power, being one of the most important. Sarcope-
nia occurs in over one-third of people over 70 years of age
[2]. Sarcopenia is a multifactorial disease with unknown
causes. Sarcopenia can be characterized by several broad

symptoms: generalized muscle atrophy, increases in systemic
cellular reactive oxygen species (ROS),mitochondrial dysfunc-
tion, replacement of muscle fibers with fibrotic factors and fat,
and degradation of neuromuscular junctions [3]. Currently,
there are no FDA-approved medications for sarcopenia [4].

Heterochronic parabiosis experiments have shown that
circulating factors from young blood can help regenerate
aged and injured muscle [5]. This suggests that some circu-
lating factors in old blood may be harmful, or conversely that
factors in young blood may be helpful, to aging muscle.
Kynurenine (KYN) is a circulating tryptophan metabolite
that increases with age and is implicated in several age-
related disorders including neurodegeneration, osteoporosis,
and inflammation [6, 7]. KYN is metabolized from trypto-
phan by two major enzymes: tryptophan 2,3-dioxygenase
(TDO) in the liver and indoleamine 2,3-dioxygenase (IDO)
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extrahepatically [8]. IDO is induced by several inflammatory
cytokines including IL-6, IL-1β, and interferon-gamma
(IFNγ) [9]. An increase in IDO activity has been linked to
an increased mortality rate in humans [10], and frailty is
associated with amarked increase in the KYN/TRP ratio [11].

We hypothesized that an increase in KYN with age con-
tributes to muscle atrophy and oxidative stress. We also tested
the hypothesis that inhibition of IDO to decrease the produc-
tion of KYN in aged mice might attenuate muscle atrophy and
oxidative stress. We used 1-methyl-D-tryptophan (1-MT), a
specific antagonist of IDO that has been shown to deplete
murine KYN levels [12]. We further sought to understand
the mechanism behind KYN-induced ROS. Several previous
studies have shown that KYN is a ligand for the aryl hydrocar-
bon receptor (Ahr), a xenobiotic drug response transcription
factor [13, 14] that is associated with age-related changes in
vascular tissues [15] and skin [16]. We also tested the hypoth-
esis that KYN activation of Ahr with aging could contribute to
sarcopenia by increasing oxidative stress and reducing muscle
mass and strength. We used a known inhibitor of KYN-
induced Ahr activation, CH-223191, to test the effect of KYN’s
activation of Ahr in skeletal muscle [17, 18].

2. Materials and Methods

2.1. Animal Experimental Design. All aspects of the animal
research were conducted in accordance with the guidelines
set by the Augusta University Institutional Animal Care
and Use Committee (AU-IACUC) under an AU-IACUC-
approved animal use protocol. For KYN and 1-MT treatment
studies, 6-8-month-old (young adult) and 22-24-month-old
(aged) female C57BL/6 mice were obtained from the aged
rodent colony at the National Institute of Aging (NIA,
Bethesda, MD, USA). Female mice were chosen due to higher
rates of sarcopenia observed in women [19]. For Ahr studies,
young adult male and female Ahr-knockout mice were
obtained from Taconic (#9166). For KYN treatment and
Ahr-KO studies, mice received daily intraperitoneal (I.P.)
injections of vehicle (VEH; phosphate-buffered saline, PBS)
or L-kynurenine (Sigma; #K8625) at 10mg/kg body weight
for 4 weeks (n = 10 per group). For 1-MT studies, 22-24-
month-old (aged) C57BL/6 mice were used. Mice were split
into 3 groups (n = 20 per group): aged VEH (sterile H2O,
0.20mL injection), aged low 1-MT (10mg/kg 1-MT,
0.20mL injection), and aged high 1-MT (100mg/kg 1-MT,
0.20 injection). No acute adverse effects were detected with
injected KYN or 1-MT. KYN doses were chosen based on
previous work in bone [20]. 1-MT doses were chosen based
on toxicology work on 1-MT in rats and dogs [21]. Mice were
euthanized using CO2 overdose followed by thoracotomy
according to AU-IACUC-approved animal protocols. The
right quadriceps was fixed in 10% formalin and stored in
70% ethanol for paraffin embedding and histology. The left
quadriceps was frozen in liquid nitrogen for protein and gene
expression analysis, and the right tibialis anterior was used
for an Amplex™ Red assay immediately.

2.2. Cell Culture. C2C12 cells were obtained from ATCC
(ATCC® CRL-1772™), and primary human myoblasts were

obtained from Gibco. Both cell lines were cultured in Dulbec-
co’s modified Eagle’s medium (DMEM) (Gibco, USA) con-
taining 10% fetal bovine serum (Gibco, USA) and 1%
penicillin-streptomycin (Gibco, USA). Cells were seeded in
the media and maintained at 37°C in a 5% CO2 cell incubator
(Thermo, USA) until 70%-80% confluence. KYN concentra-
tions of 1 μM and 10μM were chosen based on serum con-
centrations found in healthy vs. pathological humans [10].

2.3. Histological Staining. Quadriceps femoris muscles were
fixed in 10% buffered formalin, paraffin embedded, and sec-
tioned at 6-8 μm. Sections were deparaffinized and rehy-
drated, and nonspecific binding was blocked by 0.3% H2O2
in TBS. Sections were then incubated overnight at room tem-
perature with rabbit polyclonal anti-laminin (dilution
1 : 1000, Sigma-Aldrich, USA) and rabbit anti-4HNE (Alpha
Diagnostic HNE11-S, dilution 1 : 50) and ChromPure Bovine
IgG antibodies (Jackson, 001-000-003, dilution 1 : 50). The
laminin sections were washed with phosphate-buffered saline
(PBS, pH7.4) and incubated for 1 h at room temperature
with a goat anti-rabbit Alexa Fluor 488-conjugated second-
ary antibody (Invitrogen, A11008). 4HNE and IgG sections
were incubated with a polyvalent secondary antibody,
followed by streptavidin solution (Abcam ab93697). 4HNE
and IgG were visualized using DAB Liquid Chromogen Solu-
tion (Sigma D3939) and counterstained with hematoxylin
(Fisher 245-677). Muscle fiber size was determined by creat-
ing a grid on ImageJ and measuring one muscle fiber in each
voxel. One section was selected at random from each mouse
(N = 10 per group in WT mice, N = 9 per group in Ahr-KO
mice), and 10 muscle fibers per section were measured; then,
an average fiber diameter per mouse was calculated. Percent-
age of 4HNE-positive staining was measured using Photo-
shop. All measurements were performed by an investigator
blinded to group assignment.

2.4. Proteomics and Western Blot. In order to select protein
candidates, proteomics were run on three quadriceps muscle
samples from the following groups: young KYN, young VEH,
old 1-MT (high dose), and old VEH. Quadriceps muscles
were homogenized and protein was run at the Augusta Uni-
versity proteomics core using an Orbitrap Fusion™ Tribrid™
mass spectrometer. All proteins with a two-fold or greater
difference were chosen from each group, and the protein can-
didate that was differentially expressed in the separate treat-
ment groups was identified. For western blots, human
myoblasts were lysed in radioimmunoprecipitation assay
(RIPA) buffer (Tecnova) containing 1% protease inhibitor
cocktail (Sigma). Protein concentrations were obtained using
a BCA Protein Assay Kit (Sigma). Protein was run in SDS-
polyacrylamide gels and transferred using electrophoresis
onto a nitrocellulose membrane (Bio-Rad). Blots were incu-
bated with a rabbit polyclonal anti-mitochondrial very-long
chain acyl-CoA dehydrogenase (VLCADm) antibody
(ab155138) overnight at 4°C. After washing with 1× PBS
and blocking with 5% milk in 1× PBS, blots were incubated
with an HRP-conjugated anti-rabbit secondary antibody
(Santa Cruz Biotechnology) for 1 hr, followed by developing
with the ECL Plus Western Blotting Detection System
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(GE Healthcare). Chemiluminescence signals were captured
on autoradiographic blue films (BioExpress). Films were
scanned, and the densitometric values for the proteins
of interest were corrected using β-actin with ImageJ Soft-
ware (NIH).

2.5. MTT Assay. Myoblast viability after KYN treatment was
determined using the MTS assay (Promega CellTiter 96®
AQueous One MTS Cell Proliferation Assay). C2C12 myo-
blasts were plated in a 96-well plate at an initial seeding den-
sity of 2500 cells/cm2 or 5000 cells/cm2. After 24 hours,
myoblasts (N = 8 per group) were treated with 1× PBS,
5 μM KYN, 10μM KYN, or 40 μM KYN for 24 hours and
48 hours. After treatment, myoblasts were washed with PBS
2× and 20 μL of MTS assay buffer (MTS, CellTiter 96®
AQueous One Solution Reagent, Promega) was added in
100μL of media. The myoblasts were kept at 37°C in a
humidified 5% CO2 incubator for 2 hours; then, optical den-
sity was read at 490nm.

2.6. Amplex Red Assay. A fluorometric method was used to
measure H2O2 in myoblasts treated with KYN using an
Amplex Red assay kit. C2C12 myoblasts were plated in a
96-well plate at an initial seeding density of 5000 cells/cm2.
After 24 hours, myoblasts (N = 6 per group) were treated
with 1× PBS, 1 μM KYN, or 10μM KYN for 24 hours. After
treatment, media were removed and cells were suspended in
sodium phosphate buffer (0.05M, pH7.4, 100mL) and
plated in triplicate in a flat-bottom 96-well plate. The reac-
tion was started by adding an Amplex™ Red reagent,
horseradish peroxidase, and p-tyramine. After 30min incu-
bation in the dark, the production of H2O2 was quantified
at 37°C in a multidetection microplate fluorescence reader
(Synergy H1, BioTek Instruments) based on the fluores-
cence generated at an emission wavelength of 590nm upon
excitation at 545nm. The specific final fluorescence emis-
sion was calculated against a standard curve of H2O2 incu-
bated simultaneously.

2.7. PCR Array Plates. Quadriceps muscles from three young
VEH mice and three young KYN-treated mice were soni-
cated, and RNA was isolated using the TRIzol reagent (Invi-
trogen) according to the manufacturer’s instructions. Total
RNA was purified using an RNeasy Mini Kit (Qiagen).
1 μg of total RNA was then reverse transcribed using the
First-Strand Synthesis Kit (Qiagen) and subsequently loaded
into Skeletal Muscle Myogenesis and Myopathy RT2 Profiler
PCR Arrays (Qiagen). PCR was run at the following condi-
tions: 10min at 95°C, 45 cycles of 15 s at 95°C, and 1min
at 60°C. Fold change was calculated by determining the ratio
of mRNA levels to control values using the ΔCt method
(2−ΔΔCt). All data were normalized to an average of six
housekeeping genes: Actb, B2m, Gapdh, Gusb, Hsp90ab1,
and MGDC. PCR conditions used are as follows: hold for
10min at 95°C, followed by 45 cycles of 15 s at 95°C and
60 s at 60°C.

2.8. Muscle Function Testing. Muscle peak twitch was mea-
sured using a whole mouse testing apparatus (1300A, Aurora
Scientific Inc., Aurora, ON, Canada) and a force transducer

(Aurora Scientific Inc., Canada). This apparatus provides
torque measurements in milliNm of tetanic contraction
while the animal is alive and with normal vasculature, inner-
vation, and muscle orientation. Animals were maintained
under anesthesia through a CO2 and oxygen breathing cone.
Animals were placed on a 37°C platform, and the right hind
foot was stabilized to a foot lever with cloth tape at 20° of
plantar flexion. Needle electrodes were placed under the skin
below the knee to stimulate the peroneal nerve. Muscle peak
twitch was then recorded. Tetanic contractions (350ms
train) at 10 to 250Hz were elicited to obtain a force-
frequency curve, with a 2-minute rest between each contrac-
tion. Results of single stimulations were collected in torque
(milliNm). From torque measurements, the specific muscle
force is obtained by normalizing the absolute force values
(milliNm) to the animal’s body weight. Peak muscle twitch
values were selected from each animal.

2.9. Statistical Analysis. For all experiments with more than 2
groups, an ANOVA and a post hoc LSD test for differences
between means were used. Results from the Ahr-KO studies
were compared to WT experiments using a two-factor
ANOVA (SPSS). Results for all experiments with 2 groups
were determined using a 2-sample independent t-test to
compare differences between means of groups. A minimum
significance level of 5% (P < 0:05) was used. The datasets
generated during and/or analyzed during the current
study are available from the corresponding author on rea-
sonable request.

3. Results

3.1. KYN Treatment Increases ROS Levels in Mouse and
Human Myoblasts. In order to determine the effect of KYN
on ROS production in muscle cells, we measured H2O2 levels
from C2C12 myoblasts and primary human myoblasts that
were treated with KYN for 24 hours. H2O2 levels were mea-
sured using an Amplex™ Red assay. In C2C12 myoblasts,
H2O2 was increased two-fold with KYN treatment at only
1 μM (Figure 1(a)). The higher dose (10 μM) produced no
further increase beyond the lower 1 μM dose. H2O2 was sig-
nificantly increased in primary human myoblasts treated
with 10μM KYN (Figure 1(b)). KYN did not alter C2C12
myoblast viability at 5μM, 10μM, or 40μM after 24 or 48
hours of treatment (Supplemental Figure 1).

3.2. KYN Treatment Decreases Muscle Fiber Size, Expression
of Muscle Structural Muscle Protein Genes, and Peak
Strength in Young Female Mice. Young (6-8mo.) and aged
(22-24mo.) female C57/BL6 mice were given intraperitoneal
injections with KYN (10 μg/kg Sigma k3750) or VEH (1×
PBS) daily for 4 weeks to test the effect of increased KYN
on skeletal muscle in vivo. Quadriceps weight relative to body
weight was not significantly reduced in KYN-treated muscle
compared to vehicle controls (Figure 1(c)), and muscle fiber
size was significantly lower in young mice treated with
KYN compared to VEH (Figures 1(d) and 1(e)). Positive
4HNE staining, indicative of lipid peroxidation from oxida-
tive stress, was significantly increased in young mice treated
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with KYN compared to young and old controls (Figures 1(f)
and 1(g)). PCR arrays for muscle atrophy genes did not show
significant changes in ubiquitin ligase gene expression with
KYN, but the expression of myosin heavy chain genes was
significantly decreased with KYN treatment (Figure 1(h)).
Functional, in vivo assessment of muscle contractile force
showed that young KYN-treated mice lost significant peak
muscle strength after 4 weeks of treatment (Figure 1(i)).

3.3. 1-MT Treatment Resulted in Attenuated Muscle Atrophy
and Enhanced Muscle Strength in Old Female Mice. To test
the effect of IDO inhibition on skeletal muscle in vivo, aged
female C57/BL6 mice were given intraperitoneal injections
of 1-MT at a low dose (10mg/kg) and high dose (100mg/kg)
or VEH (1× PBS) daily for 4 weeks. Quadriceps weight rela-
tive to body weight was significantly increased in mice
treated with a high dose of 1-MT compared to vehicle-
treated mice (Figure 2(a)). Muscle fiber size in both treat-

ment groups was significantly increased compared to that
in vehicle-treated mice (Figures 2(b) and 2(c)). H2O2 levels
were significantly lower in aged mice treated with a high
dose of 1-MT compared to VEH (Figure 2(d)). Muscle peak
contractile force was significantly higher in mice treated
with the high dose of 1-MT compared to VEH controls
(Figure 2(e)).

3.4. Proteomic Analysis of KYN-Treated and 1-MT-Treated
Skeletal Muscle Reveals Differential Expression of Very-Long
Chain Acyl-CoA Dehydrogenase. Quadriceps tissue from
female young mice treated with KYN and aged mice treated
with 1-MT were used for proteomic analysis. Both groups
were compared to age-matched VEH-treated controls. Pro-
teins that were decreased with KYN and increased with 1-
MT or increased with KYN and decreased with 1-MT were
selected. The top protein candidate that was differentially
expressed with KYN and 1-MT compared to age-matched
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Figure 1: Increased measures of oxidative stress, reduction in muscle fiber size, and reduced muscle strength after KYN treatment in vitro and
in vivo. (a) H2O2 levels were significantly increased in mouse C2C12 myoblasts after 24 hours of 1 μM and 10 μM KYN treatment compared
to VEH treatment. N = 6/group. (b) H2O2 levels in human primary myoblasts were increased significantly after 24 hours of 10 μM KYN
treatment compared to VEH treatment. N = 5/group. (c) After 4 weeks of treatment with KYN or VEH, young female mice did not have a
reduction in quadriceps mass compared to body mass. (d, e) Quadriceps fiber size was significantly reduced with KYN treatment in young
female mice, visualized with laminin staining (scale bar 100 μm). (f, g) Young female mice treated with KYN had a significant increase in
lipid peroxidation, measured by 4HNE staining, when compared to young VEH mice or old VEH mice. (h) Changes in the expression of
muscle structural protein genes in quadriceps muscles from young female mice treated with KYN compared to young VEH. (i) Young
female mice lost significant peak muscle strength after 4 weeks of KYN treatment. N = 10/group for C-I. Data are presented as
mean ± s:e:m. ∗P < 0:05, ∗∗P < 0:01, and ∗∗∗P < 0:001. Representative muscle fibers are marked with stars in d and g.
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VEH controls was VLCADm (Figure 3(a)). VLCADm was
significantly increased at 1 μM and 10μM KYN treatment
of primary human myoblasts compared to VEH controls
(Figures 3(b) and 3(c)).

3.5. AHR Inhibition In Vitro and AHR Deficiency In Vivo Do
Not Inhibit KYN-Induced ROS Accumulation. To test if a
KYN-induced increase in ROS is mediated through the acti-
vation of Ahr, C2C12 mouse myoblasts were treated with
CH-223191, a specific small-molecule antagonist of Ahr in
the presence and absence of 1μM and 10μM of KYN. All
KYN-treated groups had significantly higher H2O2 than the
VEH group, regardless of whether the Ahr inhibitor was
present. The groups treated with 10μm KYN and CH-
223191 had significantly higher H2O2 levels than the group
treated with KYN alone (Figure 4(a)). To further explore

the relationship between Ahr and KYN in skeletal muscle,
male and female global Ahr-KO mice (6-8 months old) were
treated with KYN (10mg/kg) or VEH (1× PBS) by intraper-
itoneal injections daily for 4 weeks. There was a not signifi-
cant difference in H2O2 in Ahr-KO mice compared to
VEH. Quadriceps muscle weight was significantly lower in
Ahr-KO mice with KYN treatment compared to VEH treat-
ment (Figure 4(c)). Muscle fiber size was not significantly dif-
ferent in Ahr-KO mice with KYN treatment compared to
VEH. 4HNE staining was not significantly different in Ahr-
KOmice with KYN treatment compared to VEH. No sex dif-
ferences were observed; data shown in Figure 4 are pooled. A
two-factor ANOVA was run with genotype (WT, Ahr KO)
and treatment (VEH, KYN) as the two factors to determine
whether the absence of the Ahr receptor would significantly
impact lipid peroxidation assessed by 4HNE staining. We
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Figure 2: Oxidative stress and muscle morphology changes after 1-MT treatment in aged female mice. (a) Quadriceps muscle mass was
significantly increased in mice treated with high-dose 1-MT compared to VEH. (b, c) Muscle fiber size was significantly increased in mice
treated with low- and high-dose 1-MT compared to VEH, visualized with laminin staining. Representative muscle fibers are marked with
stars. Scale bar: 100μm. (d) H2O2 levels were significantly decreased in mouse quadriceps muscles with 1-MT treatment. (e) Aged mice
gained significant peak muscle strength after 4 weeks of 1-MT treatment. N = 20/group. Data are presented as mean ± s:e:m. ∗P < 0:05,
∗∗P < 0:01, and ∗∗∗P < 0:001.
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found no significant genotype∗treatment interaction for
either muscle fiber size (F = 0:10, P = 0:75) or 4HNE staining
intensity (F = 0:54, P = 0:47), indicating that the loss of the
Ahr receptor did not significantly alter the response of
muscle to KYN treatment.

4. Discussion

The cellular and molecular processes leading to sarcopenia
are incompletely understood. A number of factors may con-

tribute to loss of muscle mass and strength with age including
lack of physical activity, dietary protein deficiency, circulat-
ing inflammatory cytokines, and oxidative stress. Skeletal
muscle has the ability to activate antioxidant proteins to
quickly repair exercise-induced oxidative damage; however,
these mechanisms are attenuated with age, causing an
imbalance in ROS [22]. Accumulation of ROS has in par-
ticular been suggested to induce age-related declines in
muscle [23, 24]. We addressed this knowledge gap by
examining the cellular and molecular mechanisms under-
lying the age-associated accumulation of reactive oxygen
species. KYN is a circulating tryptophan metabolite that
increases with age and is correlated with frailty [11] and
increased mortality in older adults [10]. Elevated circulat-
ing levels of KYN are also found to be associated with
osteoporosis and Alzheimer’s disease [7, 25, 26]. In the
presence of IFNγ, IDO converts tryptophan to KYN [8]
and IFNγ and IDO activity have both been shown to increase
with age [9, 18].

As IDO activity is increased, the essential amino acid
tryptophan is depleted from the tissue microenvironment
and its metabolism is directed away from serotonin synthesis
and toward the KYN pathway [8, 9]. Our study addressed the
hypothesis that KYN contributes to the progression of sarco-
penia. We found that KYN did not decrease quadriceps
weight in young mice, but did decrease muscle fiber size. This
discrepancy is most likely due to an increase in noncontrac-
tile tissue (fat or fibrotic tissue) within the muscles of KYN-
treated mice (source). PCR array data identified several
structural muscle proteins that were downregulated with
KYN treatment. The PCR data suggest that reduction in
fiber size with KYN treatment may be due to a loss of pro-
tein anabolism rather than an increase in protein catabo-
lism. These results are consistent with those of several
groups that have shown that protein anabolism is impaired
with aging [27–30]. We observed an increase in the oxida-
tive stress markers H2O2 and 4HNE in young mice treated
with KYN. We noted that the levels of these oxidative stress
markers were similar to those of aged mice and did not
continue to increase with further KYN treatment in old
mice. We speculate that the effects of KYN reach a thresh-
old, such that additional exogenous KYN in animals that
already have high KYN levels may yield no effects (kynur-
enine resistance), but further work to test this hypothesis
is needed. We also demonstrated that inhibition of IDO
helped to preserve muscle mass and function in aged mice,
further suggesting that the kynurenine pathway plays an
important role in muscle health.

KYN is a ligand of the aryl hydrocarbon receptor
(Ahr) and is involved in immunosuppression [13]. Previ-
ous work on skin and vascular aging have suggested a
potential for Ahr activation in the aging of various tissue
types [15, 16]. Ahr is a xenobiotic drug response element
that acts as a transcription factor and once it is activated
stimulates the expression of Cyp1A1, which can further
increase oxidative stress [13, 14]. We found that Ahr inhi-
bition did not protect muscle cells from the detrimental
effects of KYN treatment. Surprisingly, when myoblasts
were treated with KYN and the Ahr small-molecule
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Figure 3: Mitochondrial very long-chain acyl-CoA dehydrogenase
protein is differentially expressed with KYN or 1-MT treatment
of female mice in vivo and human myoblasts in vitro. (a)
Proteomics run on quadriceps muscle homogenates from young
mice treated with KYN or aged mice treated with 1-MT
showed that VLCADm was significantly increased with KYN
treatment in young mice. (b) Representative western blots from
primary human cells that showed a significant increase in
VLCADm with KYN treatment. (c) VLCADm western blot results
were normalized to β-actin controls and quantified. Data are
presented as mean ± s:e:m. ∗P < 0:05, ∗∗P < 0:01, and ∗∗∗P < 0:001.
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inhibitor CH-223191, there were significantly higher levels
of H2O2 than with KYN alone. CH-223191 is a highly spe-
cific inhibitor capable of blocking KYN’s interactions with
Ahr in cells such as bone marrow-derived murine den-
dritic cells (BMDCs) [18]; however, until now, the effects
of KYN’s interaction with Ahr has not been explored in
skeletal muscle. Ahr-knockout mice treated with KYN
had significantly lower quadriceps weight compared to
VEH-treated controls, but there were no significant differ-
ences between VEH- and KYN-treated mice in muscle
fiber size, H2O2, or 4HNE staining in Ahr-knockout mice.
This could again be due to a threshold effect, or possibly a
protective effect of Ahr in skeletal muscle. Overall, these
results suggest that KYN-induced skeletal muscle loss with
age may occur through a different pathway than the one
mediated by Ahr.

Maintenance of skeletal muscle throughout life is depen-
dent upon a balance of protein synthesis and protein catabo-
lism [27–30]. We examined proteomics from young mice
treated with KYN, and old mice treated with 1-MT, and

found that lipid peroxidation products were differentially
expressed with manipulation of the KYN pathway. We iden-
tified an increase in a mitochondrial lipid peroxidation
enzyme, VLCADm, as a potential downstream target mecha-
nism for KYN’s contribution to sarcopenia. VLCADm has
been shown to produce H2O2 [31] (Figure 5). Furthermore,
Montes et al. demonstrated that lipid peroxidation markers
can serve as indicators of sarcopenia [32], and Bellanti et al.
found that lipid peroxidation products form aldehyde-
protein hybrids that are increased in sarcopenic adults [33].
Exercise has been previously reported to increase skeletal
muscle ROS as well as VLCADm [34], suggesting that in
the setting of acute inflammation transient, elevated ROS
and VLCADm levels may have beneficial effects on skeletal
muscle; however, it is likely that chronically elevated ROS
and VLCADm resulting from prolonged KYN exposure
may ultimately have detrimental effects on muscle, which
would explain the previous associations among aging,
inflammation, circulating KYN, VLCADm, ROS, and sarco-
penia noted above (Figure 5).

0
1
2
3
4
5
6
7

VEH 1 𝜇M KYN 10 𝜇M KYN CH-223191 1 𝜇M KYN+
10 𝜇M CH-

223191

10 𝜇M KYN+
10 𝜇M CH-

223191

ANOVA, p < .001
⁎⁎

⁎⁎

⁎
H

2O
2 

co
nc

./p
ro

te
in

 co
nt

en
t

(a)

0
1
2
3
4
5
6
7

VEH KYN

NS

H
2O

2 
co

nc
./p

ro
te

in
 co

nt
en

t

(b)

0
0.005

0.01
0.015

0.02
0.025

VEH KYN
Q

ua
d 

w
t./

bo
dy

 w
t.

⁎⁎⁎

(c)

0
1000
2000
3000
4000
5000
6000

VEH KYN

Fi
be

r s
iz

e (
𝜇

m
)

NS

(d)

0
0.02
0.04
0.06
0.08

0.1
0.12

VEH KYNPe
rc

en
t s

ta
in

ed
 (4

H
N

E) NS

(e)

Figure 4: Effects of KYN with inhibition of Ahr in vitro and global knockout of Ahr in vivo. (a) Treatment of myoblasts with KYN and the
small-molecule Ahr inhibitor CH-223191 simultaneously increased H2O2 significantly compared to KYN alone (N = 6/group). (b) H2O2
from quadriceps of Ahr-knockout mice treated with KYN was increased slightly but not significantly compared to that from VEH. (c)
KYN treatment of Ahr-knockout mice significantly decreased quadriceps mass. (d) Fiber size of quadriceps muscles from Ahr-knockout
mice decreased slightly but not significantly with KYN treatment. (e) 4HNE staining of quadriceps muscles increased slightly but not
significantly with KYN treatment. Data are presented as mean ± s:e:m. ∗P < 0:05, ∗∗P < 0:01, and ∗∗∗P < 0:001. (b–d) Pooled male and
female: N = ð5M + 4F per groupÞ.
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5. Conclusion

Our work provides evidence that an increase in KYN with
age may contribute to sarcopenia by causing an increase in
oxidative stress. Our working model is that the lipid peroxi-
dation resulting from chronic KYN exposure contributes to
sarcopenia (Figure 5). These results provide new insights into
the mechanisms underlying sarcopenia and shed new light
on potential therapeutic targets for the aging population.
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Ankrd2 (ankyrin repeats containing domain 2) or Arpp (ankyrin repeat, PEST sequence, and proline-rich region) is a member of
the muscle ankyrin repeat protein family. Ankrd2 is mostly expressed in skeletal muscle, where it plays an intriguing role in the
transcriptional response to stress induced by mechanical stimulation as well as by cellular reactive oxygen species. Our studies in
myoblasts from Emery-Dreifuss muscular dystrophy 2, a LMNA-linked disease affecting skeletal and cardiac muscles,
demonstrated that Ankrd2 is a lamin A-binding protein and that mutated lamins found in Emery-Dreifuss muscular dystrophy
change the dynamics of Ankrd2 nuclear import, thus affecting oxidative stress response. In this review, besides describing the
latest advances related to Ankrd2 studies, including novel discoveries on Ankrd2 isoform-specific functions, we report the main
findings on the relationship of Ankrd2 with A-type lamins and discuss known and potential mechanisms involving defective
Ankrd2-lamin A interplay in the pathogenesis of muscular laminopathies.

1. Introduction

Ankrd2 (ankyrin repeats containing domain 2) or Arpp
(ankyrin repeat, PEST sequence, and proline-rich region) is
a member of the MARP (muscle ankyrin repeat protein)
family of proteins that also includes Ankrd1, or Carp
(Cardiac Ankyrin Repeat Protein), and Ankrd23, or DARP
(Diabetes-related Ankyrin Repeat Protein) [1]. As we will
describe in detail in this review, Ankrd2 is principally
expressed in skeletal muscle, where it plays an intriguing role
in the transcriptional response to stress induced by mechan-
ical stimulation, as well as by cellular ROS (reactive oxygen
species). In particular, although the Ankrd2 knockout mouse
model has revealed that Ankrd2 is not necessary for life nor
the direct cause of any muscular disorder, multiple evidence
obtained from muscular cell lines or primary cultures from
patients affected by muscular diseases suggest that an

anomalous expression level of Ankrd2, as well as defective
nuclear recruitment of the protein, might contribute to a
muscular phenotype. Very recently, we found that Ankrd2
is a novel interactor of A-type lamins, which are produced
by the LMNA gene and are the major constituents of the
nuclear lamina. Mutations of LMNA gene are the cause of a
substantial number of pathologies, some of which affecting
skeletal and cardiac muscles. Moreover, altered expression
of Ankrd2 was detected in myopathies [2], cardiomyopathies
[3], and some tumors [4]. In this review, apart from describ-
ing the latest advances related to Ankrd2, including an ever-
growing interest for Ankrd2 isoform-specific functions, we
will report the main findings on Ankrd2 and its relation to
lamins and discuss known and potential mechanisms,
through which defective Ankrd2-lamin A interplay might
have a role in the pathogenesis of LMNA-related muscular
disorders.
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2. Ankrd2 in Striated Muscles

Ankrd2, together with other proteins of the MARP family, is
considered as STRaND (shuttling transcriptional regulators
and non-DNA-binding protein), having signature features:
shuttling from the cytoplasm to the nucleus, absence of
DNA binding, and regulation of transcription via interaction
with transcription factors [5]. Recently, data from Wette
et al., obtained on single muscle fibers, have shown that
Ankrd2 is mostly found (>70% of total Ankrd2) in the
cytosol [6]. The remaining amount is distributed between
intracellular structures, including the sarcomere and the
nucleus, with proportions that reflect the physiology, such
as the type (slow/fast) or the condition (forming/mature/
regenerating/injured), of the fiber considered. In healthy
striated muscle, Ankrd2 is found at the sarcomeric I-band
[7, 8] where it contributes to the formation and function of
the I-band mechanosensory complex, probably via interac-
tion with calpain 3 and the elastic portion of titin (N2A
region) [7, 9]. As extensively described in the next sections,
Ankrd2 also interacts with nuclear proteins with both struc-
tural and enzymatic roles [1] and is accumulated in nuclei of
injured muscle [10]. An overview of the main structural and
functional features of Ankrd2, including protein domains,
posttranslational modifications, expression profile, proposed
functions, interacting proteins, and pathways affected by
ANKRD2 silencing in human myoblasts, is given in Table 1.
In the nucleus, Ankrd2 participates in the regulation of genes
involved in the cell cycle, myogenesis, and inflammatory
response [11–15]. Of note, in mature muscle cells, the
evidence reporting that the majority of Ankrd2 is freely
diffusible in the cytosol [6] has for the first time pointed to
the open question if Ankrd2, besides being involved in
sarcomeric activity, might also participate in cellular func-
tions in other subcellular districts, thus suggesting a role as
a downstream signal transducer in mechanosignaling path-
ways. It is important to note that despite accumulated
findings from cell culture experiments, direct evidence of
Ankrd2 function in mature healthy and diseased striated
muscles is still missing.

2.1. Ankrd2 Expression in Skeletal Muscle. Ankrd2 was
reported for the first time in a study performed in 2000 by
Kemp and colleagues as a protein upregulated in murine
muscle exposed to prolonged passive stretch (7 days) [16].
Preferential expression in skeletal muscle, more specifically
in slow (type I) muscle fibers, and responsiveness to mechan-
ical stress are signature features of this protein. Recently,
Ankrd2 was confirmed to be the most abundant MARP
protein in human skeletal muscle, being ~30-fold more
expressed than DARP and ~150-fold more than Ankrd1
[6]. In this study, performed on a group of four subjects,
the absolute amount of Ankrd2 was subject-specific, ranging
from 1.6 to 4.3 μmol/kg net weight, and proportional to the
content of myosin heavy chain I (MHCI) protein, which is
a marker of slow (type I) muscle fibers [6]. Almost double
the amount of Ankrd2 was measured in slow (type I) fibers
compared to that of fast (type II) fibers microdissected
from the vastus lateralis (presenting approximately 32%

of slow muscle fibers [17]), corroborating Ankrd2 prefer-
ential expression in slow fibers [6].

Although the existence of Ankrd2 isoforms was reported
in 2003 by Miller et al. [7], their specific expression and local-
ization in human skeletal and cardiac muscles, as well as in
primary human myoblasts and myotubes, have been recently
determined by studies in which their discrimination was
enabled by specific antibodies [6, 18].

The most important Ankrd2 isoforms, namely, S-Ankrd2
(333 aa) and M-Ankrd2 (360 aa), are identical, except for
27 aa extension at the N-terminus of M-Ankrd2. Accord-
ing to qPCR results, the expression of Ankrd2 isoforms is
regulated at the transcriptional level [18]. S-Ankrd2 is
expressed in both heart and skeletal muscles [18] where
it is the predominant form [6, 18]. The well-known chess-
board pattern of Ankrd2 expression observed in transver-
sal sections of skeletal muscle may be attributed almost
exclusively to S-Ankrd2 [6, 18], which has been therefore
proposed as the canonical Ankrd2 isoform. Although still
a matter of debate, in mature muscle fibers, the small
amount of M-Ankrd2 has been identified in nuclei [18].
In human myoblasts, S-Ankrd2 is expressed mainly in
nuclei at a low level, while in myotubes, it is upregulated
and localized in the cytoplasm. M-Ankrd2 is also upregu-
lated upon differentiation of myoblasts to myotubes;
however, it maintains its nuclear localization. Striking dif-
ferences in expression and localization of Ankrd2 isoforms
may mirror their different functions which however need
to be further explored [18]. For example, M-Ankrd2 might
have a more regulatory role, being predominantly nuclear,
while sarcomeric and cytosolic S-Ankrd2 may have a
structural and downstream signaling role, respectively.
Domain organization, alignment, and updated database
entries for all five Ankrd2 isoforms are shown in
Figures 1(a)–1(c), respectively.

2.2. Ankrd2 Expression in Cardiac Muscle. Ankrd2 is
expressed in the human heart, including ventricles, the inter-
ventricular septum, and the apex of the heart [4, 19], at a
lower level compared to skeletal muscle. Ankrd2 expression
in the heart is potentially regulated by cardiac-specific tran-
scription factors Nkx2.5, Hand2, and Ankrd1 as demon-
strated by their interaction with the ANKRD2 promoter or
by dual luciferase assay [20, 21]. Transcriptome profiling
confirmed a lower level of Ankrd2 in the ventricles of
human adult heart, compared to Ankrd1 [22]. Both S- and
M-Ankrd2 isoforms are expressed in cardiac muscle; they
have sarcomeric localization and are almost absent from
nuclei [18]. The latter finding and the known interaction
between Ankrd2 and the gap junction protein ZO-1 [20],
enriched in ICDs, suggest a role for Ankrd2 in intercellular
communication, which merits further investigation. In
neonatal rat cardiomyocytes (NRCM), both sarcomeric and
nuclear localizations of Ankrd2 were investigated during
cellular differentiation and not shown to be affected by the
maturation stage [22]. Moreover, doxorubicin had no effect
on Ankrd2 expression, as opposed to Ankrd1, suggesting
that Ankrd2 is not involved in cellular response to this
cardiotoxic antineoplastic drug.
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It is interesting that, in addition to mild phenotype in
skeletal muscle, morphology, basal cardiac function, and
cardiac development were not impaired in triple knockout
mice for three members of the MARP family (Ankrd1,
Ankrd2, and DARP) up to 17 months of age [23]. Hyper-
trophic response to acute pressure overload induced by
transverse aortic constriction was also unaffected. It is pos-
sible that Ankrd2 is involved in the response to other
types of cardiac stress, still to be determined. On the other
hand, as demonstrated for Ankrd1, overexpression of
Ankrd2 may have more striking consequences. Overex-
pressed mouse Ankrd1 is indeed involved in inhibition
of cardiac hypertrophy and development of fibrosis in
response to pressure overload- and isoproterenol-induced
cardiac hypertrophy [24].

Apart from altered expression in skeletal muscle
disorders, Ankrd2 was found upregulated in dilated cardio-
myopathy patients [3]. Together with several titin ligands
associated with sarcomeric mechanosensory complexes, the
expression pattern of Ankrd2 was determined in endomyo-
cardial biopsies of patients with advanced idiopathic dilated
cardiomyopathy (IDCM) characterized by extensive remod-
eling of the left ventricle [25]. Expression of Ankrd2, as well
as Ankrd1 and TRIM63, was induced and in correlation with
the disease stage. Ankrd2 expression was significantly higher
in patients with severe symptoms, compared to patients
with moderate symptoms. Although this finding has no
clinical significance, experimental evidence strongly sup-
ports the involvement of Ankrd2 in pathological cardiac
remodeling [25].

2.3. Ankrd2 and Mechanotransduction in Skeletal Muscle.
Mechanotransduction is the ability of cells to sense external
mechanical forces, create biochemical intracellular signals,
and trigger the expression of specific genes that drive the
adaptation to mechanical changes. An incorrect mechano-
transduction may affect muscle differentiation, myofiber
turnover, and stem cell renewal [26].

Ankrd2 plays an important role in sensing mechanical
changes in skeletal myofibers. It is found at the elastic
I-band segment of the sarcomere, where a well-defined
signalosome, composed by several structural and regulatory
proteins, resides [10]. In vitro studies suggest that Ankrd2
might be assembled on the N2A spring element of the giant
protein titin [7]. Titin is the largest of mammalian proteins,
spanning over half of a sarcomere, with its N-terminus
located in the Z-disc and its C-terminus located in the
M-line. In striated muscle, one of titin’s classical roles is
to provide elasticity to sarcomeres [27]. Titin is characterized

Table 1: Overview of the main structural and functional features of
Ankrd2 (extensively reported in [122]).

Feature Ref.

Structural domains

Ankyrin repeats

[123]
Coiled coil

Protein destabilization motif (PEST)

Nuclear localization signal (NLS)

Posttranslational modifications

Phosphorylation by Akt2 kinase [15]

Proteolytic cleavage by μ-calpain [9]

Expression profile

Skeletalmuscle > heart > kidney [4, 19, 123, 124]

Type I (slow) skeletal muscle fibers [8, 123]

Localized in nuclei of myoblasts and
cytoplasm of myotubes

[123]

Migrate from myofibrils to nucleus after
muscle injury

[10]

Proposed functions

Stress response in muscle
(stretch, denervation, eccentric
contractions, fatiguing jumping and
other types of exercise, and injury)

[8, 10, 16, 46, 47, 49,
50, 55]

Muscle adaptation
[7, 10, 16, 20, 46, 47,
49, 50, 125, 126]

Transcriptional regulation [1, 10]

Communication between the sarcoplasm
and the nucleus

[1]

Myogenesis and myogenic differentiation [11, 13, 14]

Inflammatory response [12]

Interacting proteins

Titin [7]

Telethonin [1]

ZASP [30]

Calpain 3 [9]

Akt2 [15]

A-type lamins (lamin A, prelamin A, and
lamin C)

[98]

Proteins with PDZ and SH3 domains,
including ZO-1 and β1-syntrophin

[20]

Transcription factors, including YB1, p53,
PML, PAX6, NFIL3, and MECP2

[20]

Pathways affected by Ankrd2 silencing in human myoblasts

Intercellular communication

[20]

Cytokine-cytokine receptor interaction

Focal adhesion

Tight junction

Gap junction

Regulation of actin cytoskeleton

Signaling involved in intracellular
communication

Calcium

Insulin

Table 1: Continued.

Feature Ref.

MAPK

p53

TGF-β

Wnt
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Ankrd2 b

Ankrd2 a (M-Ankrd2)

Ankrd2 e (S-Ankrd2)

Ankrd2 f

Ankrd2 c

Coiled coil
NLS

Akt2 phosphorylation site

Calpain 3 cleavage site
PEST motif

Ankyrin repeat

(a)

(b)

NCBI isoform
name

Ankrd2 e (S-Ankrd2)
Ankrd2 a (M-Ankrd2)
Ankrd2 b
Ankrd2 f
Ankrd2 c

NP_001333722.1
NP_065082.2

NP_001123453.1
NP_001278148.2
NP_001278147.1

NCBI reference
sequence⁎

333
360
327
300
446

Protein
length (aa)

ANKRD2-203
ANKRD2-202
ANKRD2-201
ANKRD2-203

/

Ensembl
transcript

(c)

Figure 1: Overview of Ankrd2 isoforms. (a) Schematic presentation of the Ankrd2 domain structure. (b) Alignment of protein sequences of
Ankrd2 isoforms. Numbers correspond to amino acids. (c) Entries for five Ankrd2 isoforms reported in NCBI and Ensembl databases. ∗NCBI
entries were updated in 2018.
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by multiple domains that interact with several sarcomeric
proteins and also with enzymes regulating its own properties
and resulting in the modulation of its stiffness. In humans,
mutations or partial deletion of titin might cause muscular
dystrophies, such as Tibial Muscular Dystrophy (TMD)
[28] or limb-girdle muscular dystrophy 2J (LGMD-2J) [29].
In vitro evidence demonstrates that besides titin [7], Ankrd2
might also interact with calpain 3 [9] and Z-disc proteins
telethonin/TCAP [1] and ZASP6 [30]. The interaction
network of Ankrd2 is presented in Figure 2. In particular,
calpain 3, a Ca2+-dependent protease, coordinates signal
transduction from other sarcomeric regions, including
Z-disc and M-line where other signaling complexes are
found. Interestingly, in the HEK293 cell line, calpain 3 binds
and cuts murine Ankrd2 at the Arg104 of its PEST sequence
[31] suggesting that calpain 3-mediated proteolysis of
Ankrd2 might have a role in Ankrd2 sarcomeric sequestra-
tion. However, since these findings have been obtained on
recombinant proteins or by using nonmuscular cellular
models [9, 31] and since in skeletal muscle, the access of
calpain 3 to substrates is restricted, being the majority of
the enzyme sequestered by titin [32], results on Ankrd2
proteolysis by calpain 3 in muscular cells still need a
proper validation.

Insufficient Ankrd2 recruitment at the I-band has been
observed in exercised mice affected by a progressive muscular
dystrophy due to an inactivation of calpain 3 (CAPN3-KI
mice) [33]. Although this study does not provide sufficient
proofs of Ankrd2 proteolysis by calpain 3, for example, loss
of Ankrd2 or cleavage to a lower band, the altered Ankrd2
localization in CAPN3-KI muscle suggests that calpain 3
protease activity might be involved (directly or indirectly)
in Ankrd2 recruitment at the sarcomere. The importance of
a functional signalosome composed of Ankrd2 (as well as
other MARPs), calpain 3, and the N2A region of titin is also
observed in mdm (muscular dystrophy with myositis) mice, a
model for human TMD, caused by the deletion of a large
portion of the N2A region, bound by calpain 3. Homozygous
mdm mice show a severe and progressive muscular degener-
ation. Interestingly, Ankrd2 and other MARPs are more
abundantly expressed in the skeletal muscles of mdm when
compared to wild-type mice [34]. In vitro, Ankrd2 also
interacts with Z-disc proteins, including telethonin/TCAP
[1] and ZASP6 [30]. Z-disc is involved in conveying
mechanical signals and acts as a signaling hub for commu-
nication with the nucleus. On the other hand, telethonin
links titin to the Z-disc [35]. Mutation of telethonin
encoding gene (TCAP) may cause intense biomechanical

YB-1 MECP2

ZO-1
p53

Ankrd2
NF-IL3

ID3

Lamin A/C
Telethonin

Calpain 3

Titin

Ankrd1

Akt2

PML
p50

β1-Syntrophin

Ankrd23

ZASP6
PAX6

Figure 2: Interaction network for Ankrd2. Interactors listed in Table 1 were loaded into the STRING database: https://string-db.org/. The
majority of Ankrd2 interactors, including titin, telethonin, Ankrd1, Ankrd23, ZASP6, and calpain 3, are involved in mechanosignaling.
Other Ankrd2 interacting proteins are involved in DNA binding and regulation of transcription and include p53, MECP2, ID3, YB-1,
PAX6, PML, and NF-IL3. A-type lamins, including lamin A, its precursor prelamin A, and lamin C, are Ankrd2 interactors and are
involved in multiple cellular functions, including modulation of the nuclear stiffness in response to mechanical and oxidative stress and of
epigenetic factor activity. Ankrd2 also interacts with protein kinases, as Akt2, and with proteins with PDZ or SH3 domains able to
mediate protein-protein interactions (including ZO-1 and β1-syntrophin, respectively). Note that the majority of Ankrd2 interactors were
identified from in vitro studies or in nonmuscular cellular systems (see text and Table 1 for references).
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stress, maladaptation, apoptosis, and global heart failure, as
well as LGMD-2G [36]. ZASP has several isoforms contain-
ing PDZ and LIM domains [30]. Interestingly, in vitro studies
have demonstrated that point mutations in the ZASP6 gene
causative for a muscular disease called ZASPopathy pre-
vented ZASP6 interaction with Ankrd2, opening the ques-
tion of Ankrd2 involvement in the pathophysiology of this
myofibrilar myopathy [30]. Myopalladin is a Z-disc protein
involved in sarcomere assembly and regulation of gene
expression and similarly to Ankrd2 is involved in bringing
sarcomeric signals to the nucleus of muscle cells [37]. It is
intriguing that, despite interacting with both Ankrd1 and
Ankrd23 [7], myopalladin was not shown to bind Ankrd2,
neither in vivo nor in vitro. Sarcomeric signalosomes have
to be considered as highly dynamic complexes. Their protein
components are subjected to a multitude of posttranslational
modifications (PTMs) which might affect peculiar properties
including their availability and stability, accessibility to
interactors, turnover, and intracellular localization. This is
the case, for example, of the binding between members of
Z-disc FATZ (calsarcin/myozenin), myotilin, and Enigma
families, which are modulated by phosphorylation [38].
As a matter of fact, in addition to structural proteins,
sarcomeric signalosomes also contain protein-modifying
enzymes, including protein kinases (PKC alpha, CaMKII δ,
Erk1/2, and PKA [39]), E3 ubiquitin ligases (Mdm2 [40],
TRIM63/MURF1 [41]), and autophagic protein carriers
(p62/SQSTM1 [42]). Therefore, genetic mutations of both
structural and enzymatic proteins of the sarcomere, causing
a gain or a loss of function, may result in an impaired sensing
of the mechanical stress and might be responsible for an
inadequate transcriptional response, with harmful conse-
quences for cell physiology.

Accordingly, also defects in Ankrd2 PTMs, including
phosphorylation or proteolysis, by altering Ankrd2 binding
to specific interactors or intracellular localization, might elicit
pathogenetic effects.

Combining the aforementioned information together, we
can hypothesize a scenario in which in muscle cells, Ankrd2
might cover multiple roles: a sensor one at the I-band of the
sarcomere, where an Ankrd2 fraction might sense the stress,
and a transducer one distributed between the cytoplasm,
where the more abundant pool of Ankrd2 resides [7], and
the nucleus of muscle cells [37] where a fraction of Ankrd2
is detected following stress condition. By mechanisms involv-
ing phosphorylation or other PTMs, Ankrd2 might dynami-
cally translocate from the sarcomere, to the cytoplasm and to
the nucleus and vice versa, participating in the integration of
signals derived from mechanosensors or activated by oxida-
tive stress, resulting in the modulation of transcriptional
response to stress.

However, since the majority of the interactions between
Ankrd2 and sarcomeric and nonsarcomeric proteins have
been identified using recombinant proteins and in nonmus-
cular cellular systems, until their validation on skeletal
muscle, the functional relevance of Ankrd2 association with
these proteins remains to be demonstrated, and the role
and the involvement of Ankrd2 in the physiology of muscle
cells might at the moment be only speculated.

3. Ankrd2 in the Interplay between Oxidative
and Mechanical Stresses

Physical exercise, including moderate and intense muscu-
lar activity, results in an increase of ROS. During or after
aerobic exercise, as well as anaerobic exercise, the general
increase of substrate utilization combined with the increase
of oxygen uptake results in the activation of specific meta-
bolic pathways, triggering the generation of ROS [43].
Although the exact redox mechanisms underlying the
formation of exercise-induced ROS remain elusive to date,
mitochondria, glutathione peroxidase, superoxide dismutase,
catalase, NADPH oxidases, and xanthine oxidases have all
been identified as potential contributors to ROS produc-
tion. ROS themselves play a controversial role, since at
high concentration they are detrimental for muscle biol-
ogy [44]. However, low doses of ROS are fundamental
to drive exercise adaptations, triggering molecular path-
ways that culminate with angiogenesis, mitochondria bio-
genesis, and muscle hypertrophy [43]. We hypothesize
that upregulation of Ankrd2 in muscle exposed to mechan-
ical stress is at least partly regulated by altered levels of
ROS, as a consequence of increased muscle damage and
regeneration [45].

3.1. Ankrd2 Upregulation in Response to Mechanical and
Oxidative Stresses

3.1.1. Mechanical Stress. Although considered as a multi-
tasking protein, the most striking signature of Ankrd2 is
its stress-responsive function. Ankrd2 involvement in the
physiology of stressed healthy and diseased muscles has
been extensively studied. Ankrd2 expression increases in
stress conditions caused by the application of mechanical
forces. This was reported for the first time in murine
tibialis anterior muscles exposed to passive stretch [16].
Subsequent studies further suggested that the increase of
Ankrd2 upon passive stretch could be involved in the
phenotypic adaptation of fast to slow fibers, which is gen-
erally related to long-endurance activities [46]. Increase of
Ankrd2 expression in both murine and human muscles
has also been reported following jumping exercise [47, 48]
and eccentric contraction [49, 50] as well as denervation
which reproduces muscle morphogenesis [8]. Of note,
Ankrd2 expression in murine muscle is not stimulated
by isometric contraction [50], while it is downregulated
in inactive muscles [51, 52]. Increased expression of
Ankrd2 in skeletal muscle in response to mechanical stress
seems to be evolutionarily conserved. Recently, we have
demonstrated mild upregulation of zebrafish Ankrd2 in
skeletal muscle subjected to endurance exercise training
by forced swimming [53].

Ankrd2 increase upon stress stimuli probably strengthens
its structural and regulatory functions within the sarcomere.
Accordingly, upregulation of Ankrd2 by ROS might con-
tribute to initial events in the adaptative remodeling of
exposed fibers, possibly by promoting sarcomerogenesis,
the switch from fast to slow fibers [46], and the increase of
the mechanotransducing activity.
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3.1.2. Oxidative Stress. During oxidative stress caused by
exposure of myoblasts to H2O2, Ankrd2 expression is slightly
upregulated [15]. From a molecular point of view, Ankrd2
gene activation by ROS might be regulated by the well-
known ROS-dependent activation of the transcription factor
NF-κB [54]. As a matter of fact, although direct demon-
stration is missing, it is possible that upon oxidative stress,
ROS-dependent increase of Ankrd2 expression occurs
through two putative NF-κB-binding sites within the Ankrd2
gene promoter [12, 55]. However, the contribution of
muscle-specific transcription factors and the possibility that
ROS controls the Ankrd2 level by affecting its protein stabil-
ity cannot be ruled out. Ankrd2 upregulation in some human
dilated cardiomyopathies [3] and congenital myopathies [2]
might be also related to an altered response to mechanical
strain, as well as to altered levels of ROS reported in these
disorders, as a consequence of increased muscle damage
and regeneration [45].

3.2. Nuclear Translocation of Ankrd2 under Stress Conditions.
Apart from increasing the Ankrd2 expression level, oxidative
stress also induces Ankrd2 to partly relocate to the nucleus of
muscle cells. For example, in differentiated C2C12 muscle
cells, Ankrd2 is shuttled in the nucleus upon cellular expo-
sure to ROS [15], following phosphorylation of Ankrd2 at
Serine 99 [15].

In mature muscle injured by cardiotoxin injection,
Ankrd2 translocates to the nuclei of myofibers located
adjacent to severely damaged myofibers [10]. Similarly,
Ankrd2 was shown to translocate to the nucleus also in
healthy and CAPN3-KI muscles frommice subjected to exer-
cise [33]. Opposite to findings reported for C2C12 muscle
cells exposed to ROS, mechanisms ruling Ankrd2 nuclear
localization in mature muscle cells remain hitherto to be
determined. Further studies are needed to assess if Ankrd2
localization occurs in a fashion similar to that reported for
ROS-treated C2C12 [15], involving Ankrd2 PTMs, or by
the expression and/or activation of a specific nuclear Ankrd2
form, still to be determined.

Importantly, both nuclear translocation and increased
expression of Ankrd2 induced by ROS or myogenic differen-
tiation are related to retardation of myogenic differentiation,
allowing cells to properly overcome stress before completing
the differentiation program [11, 15]. In human myoblasts,
this function is executed via its interaction with DNA-
binding proteins, including transcription factors, such as
the Y-box transcription factor 1 (YB1), the promyelocytic
leukemia protein (PML), and p53 [1], whereas in primary
myoblasts from mdm mice, Ankrd2 was shown to physically
interact with the inhibitor of DNA-binding protein 3, ID3
[13]. Moreover, upon muscle stress stimulation, Ankrd2
was also shown to colocalize with acetylated histones,
which generally mark active chromatin, in the nucleus of
myocytes [10].

Nuclear Ankrd2 overexpression induced by ROS has a
different outcome in regard to the phase of the cell cycle
[11]. In cycling myoblasts, Ankrd2 overexpression induces
apoptosis, and this effect is probably mediated by Ankrd2
and p53-dependent upregulation of p21 [1, 11]. On the other

hand, Ankrd2 overexpression impairs myogenic differentia-
tion through downregulation of MyoD and myogenin as well
as their target Myh1, a terminal differentiation marker [11].
Supporting the altered myogenic program, Ankrd2 overex-
pressing myotubes also express Myf-5, which is normally
expressed in cycling myoblasts [11]. An intriguing, albeit
unexplored evidence of the transcriptional role of Ankrd2
came from the studies of triple knockout mice lacking all
three MARPs [56]. They expressed a longer titin isoform,
hinting at an unexpected link between titin gene expression
and MARPs [56].

Studies from our laboratories have demonstrated that
Ankrd2 also modulates the activity of NF-κB, through direct
interaction with the NF-κB repressor p50 [12]. NF-κB is a
transcription factor composed of homo- and heterodimers,
affecting the expression of genes related to inflammatory
and cell survival responses [57]. The interaction between
Ankrd2 and p50 abrogates NF-κB activation, resulting in a
negative regulation of its downstream genes. Moreover,
p50/p50 homodimer negatively regulates the expression of
Ankrd2 by binding its promoter, in a classic feedback
inhibition manner [12]. In this condition, we have shown
a significant reduction of proinflammatory cytokines,
including IL-1β and IL-6 [12] that, at high concentrations,
may cause proteolysis in muscle and participate in muscle
wasting [45, 58].

4. Lamin A/C and Muscular Laminopathies

4.1. Role of Lamin A/C in Muscular Cellular Physiology.
A-type lamins, including lamin A and lamin C, are the main
products of the LMNA gene and are the major constituents of
the nuclear lamina, a filamentous meshwork underneath the
nuclear envelope that can be found in all vertebrate cells [59].
Lamin A is transcribed and translated as a precursor protein,
prelamin A, which undergoes complex posttranslational pro-
cessing [59]. Final cleavage by the protease ZMPSTE24 (zinc
metallopeptidase STE24) eliminates the last 15 amino acids
of prelamin A, releasing a short peptide and mature lamin
A [60]. Notably, prelamin A and its processing pathway have
been implicated in both physiological and pathogenic
mechanisms [59].

Prelamin A increase occurs during the first steps of
myoblast differentiation [61], and prelamin A-mediated
recruitment of the nuclear envelope proteins SUN1, SUN2
[62], and Samp1 [63] is required for proper myonuclear
positioning during myogenic differentiation. In cultured
fibroblasts, prelamin A modulation during stress response
is a physiological mechanism related to import of DNA
repair factors [64] or activation of chromatin remodeling
enzymes [65]. However, anomalous prelamin A accumula-
tion, due to specific mutations in the LMNA or ZMPSTE24
genes [59], causes toxicity leading to cellular senescence
[66] and represents the molecular basis of progeroid lamino-
pathies [59].

Via interaction with structural and enzymatic molecules,
A-type lamins enable several cellular functions, including
mechanotransduction [67], shuttling of proteins from the
cytoplasm to the nucleus [68], and epigenetic modification
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of chromatin, affecting the expression of proteins involved in
the cell cycle and/or differentiation [69]. The pleiotropic
involvement of A-type lamins in all these cellular events
explains why mutations in the LMNA gene are the cause of
a wide number of disorders, collectively known as “lamino-
pathies,” which may affect one or more specific tissues,
including skeletal and cardiac muscles, tendons, adipose
tissue, and peripheral neurons, or be systemic causing
accelerated ageing [70].

One of the most important cellular activities affected by
LMNA mutations is mechanotransduction [71], a function
particularly relevant in striated muscle [26]. From a molecu-
lar point of view, mechanical changes propagate from the
cytoskeleton to the nuclear membrane and chromatin
through direct interaction between A-type lamins and the
LINC (linker of nucleoskeleton and cytoskeleton) complex
[72], which is formed by SUN1 and SUN2 at the inner
nuclear membrane and nesprins, which also span the outer
nuclear membrane. Nesprins interact with cytoskeletal actin
and, by binding to plectin, with microtubules and intermedi-
ate filaments [73]. However, nesprins also interact with lamin
A/C [74]. Mutation of each of the components of the LINC
complex negatively affects the functions of this intricate
mechanism, resulting in an interruption or an alteration of
the modulation of mechanoresponse and mechanotransduc-
tion of muscle cells [75, 76]. Not surprisingly, LINC protein
mutations cause muscular dystrophies including Emery-
Dreifuss muscular dystrophy (EDMD) [77–80].

4.2. Muscular Laminopathies. Mutations in LMNA gene
cause a variety of muscular diseases including EDMD,
limb-girdle muscular dystrophy 1B (LGMD1B), dilated
cardiomyopathy with conduction defects (DCM1A), and
LMNA-related congenital muscular dystrophy (L-CMD)
[60, 81, 82]. Moreover, muscle functionality may be impaired
in cases of progeroid laminopathies or lipodystrophies
[59, 83]. The inheritance pattern of LMNA-related muscle
diseases is autosomal dominant and very rarely autosomal
recessive. All these disorders are characterized by joint con-
tractures, muscle weakness and wasting, and dilated cardio-
myopathy. The L-CMD onset is at birth, whereas EDMD2
and EDMD3 (respectively, with dominant and recessive
inheritance) have an onset in childhood or young adulthood,
as most cases of LGMD1B. DCM1A, which is usually diag-
nosed in the second decade, is often associated with conduc-
tion disorders and cardiac arrhythmias with life-threatening
outcome requiring defibrillator implantation and, in severe
cases, heart transplantation [81]. Extracardiac features
including skeletal muscle weakness and contractures may
occur later in DCM1A, causing a phenotype overlapping
with EDMD2 [84].

4.3. Pathogenetic Mechanisms in Muscular Laminopathies.
LMNA gene mutations negatively modulate mechanore-
sponse and mechanotransduction in muscle cells essentially
by two different ways. The first mechanism is related to the
structural role played by A-type lamins in the assembly of a
molecular platform able to connect and coordinate multiple
mechanical and chemical stimuli. The second modality

implies alteration of lamin A/C epigenetic activity that results
in an abnormal regulation of responsive genes [65]. Cells
lacking A-type lamins or expressing myopathic lamin A
mutants show reduced nuclear stiffness and altered nuclear
morphology and are unable to transmit forces to the nucleus
[67]. In addition, the localization of various components of
the LINC complex is severely disturbed in those cells [67].
For instance, in EDMD2 myotubes, the mislocalization of
SUN1 and SUN2 due to reduced prelamin A interaction
was responsible for an altered positioning of myonuclei
[62]. The pathogenetic mechanism also involved mislocaliza-
tion of the nuclear envelope protein Samp1 and defective
interplay with the centrosomal protein pericentrin [63]. All
these findings highlight the prominent role of A-type lamins
in nucleocytoskeleton crosstalk. Importantly, it has been
demonstrated that upon mechanical stress, the Ig fold
domain of lamin A is able to partially unfold, leading to
stretching of the entire molecule [85]. Interestingly, when
the extracellular matrix (ECM) increases its stiffness, lamin
A undergoes dephosphorylation at Serine 22, a condition
enabling increased nuclear stiffness [86]. It is likely that
phosphorylation of other residues of lamin A/C contributes
to modulation of nuclear stiffness in response to ECM stimuli
[87–89]. We found that the pathogenicity of an EDMD2-
causative lamin A/C mutation, Arg401Cys, is related to
impaired phosphorylation of Serine 404 by Akt1 [90]. It is
conceivable that, since phosphorylation of Serine 404 is
required for prelamin A and lamin A turnover, impaired
phosphorylation might alter nuclear lamina composition
and stiffness in response to mechanical stimuli [90, 91].

Altered chromatin organization is considered as a main
pathogenic condition in muscular laminopathies [60]. Both
high-order chromatin structure [92] and promoter-specific
epigenetic defects lead to altered gene expression, conse-
quently affecting muscle-specific gene expression [93, 94].

Another well-documented effect of LMNA mutations
causing EDMD is altered PI3-kinase-Akt-Erk2 signaling,
which has been demonstrated both in patient cells and in
mouse models of the disease (reviewed by Brull et al. [95]).
A dramatic effect of this altered signaling has been reported
on the cardiac function, and the efficacy of therapies based
on inhibition of hyperactivated MAP kinase-Erk1/2 signaling
has been experimentally proven [96]. Of note, TGF-β 2
and its downstream effectors are increased in EDMD2
mouse models [97] as well as in serum and cells from
laminopathic patients eliciting upregulation of fibrogenic
molecules [82], a pathogenetic effect relevant to muscle
and tendon fibrosis [82].

5. Ankrd2 and Lamin in Normal and
Laminopathic Muscles

In C2C12 differentiated muscle cells, oxidative stress
generated by exposure to H2O2 induces Akt2 kinase to
phosphorylate Ankrd2 at Serine 99 [15]. By using a
phosphorylation-defective mutant form of Ankrd2 (Ankrd2
Ser99Ala), we demonstrated that opposite to its wild-type
counterpart, phosphorylation-defective Ankrd2 is unable to
translocate into the nucleus upon cellular exposure to
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oxidative stress [98]. Importantly, C2C12 myoblasts express-
ing Ankrd2 Ser99Ala mutant presented a faster differentia-
tion kinetics [15]. We therefore reasoned that after sensing
oxidative stress, Ankrd2 phosphorylation could be required
to allow Ankrd2 translocation to the nucleus, where it could
participate in the transcriptional modulation of the terminal
steps of muscle differentiation. Supporting this hypothesis,
we found that Serine 99 is proximal to Ankrd2 NLS (from
Lysine 120 to Lysine 123 in the human protein) [15]. There-
fore, although the molecular mechanism underlying Ankrd2
nuclear transport is still unclear, upon ROS stimulation,
phosphorylation of Serine 99 might unmask the NLS,
allowing Ankrd2 to translocate in the nucleus.

We have demonstrated that during ROS-induced
nuclear relocation, Ankrd2 was complexed to A-type lamins,
albeit with different affinities for diverse lamin A isoforms
[98]. During muscle differentiation, prelamin A levels are
increased [61–63], and Ankrd2 interacts with prelamin A
with a higher affinity than that established with mature lamin
A [98]. Upon the exposure to ROS, Ankrd2 transiently inter-
acted with lamin A and prelamin A, entered the nucleus, and
soon after went back to the cytosol. However, EDMD2-
linked lamin A mutants constitutively bound Ankrd2, even
in the absence of any stimulus, causing Ankrd2 to be retained
in the nucleus [98]. We therefore suggest that while under
physiological conditions, including muscle differentiation
or oxidative stress response, Ankrd2 is transiently retained
in the nucleus also due to a reversible increase of prelamin
A levels [61, 62, 64, 99], EDMD2-linked lamin A mutants
entrap Ankrd2 into the nucleus, affecting its dynamics [98].
Further experiments performed using cells overexpressing
Ankrd2 and EDMD2-lamin A mutants revealed that perma-
nent location of Ankrd2 in the nucleus increased release of
cellular ROS, as well as apoptotic cell death [98]. Similarly,
in laminopathic muscle, the effects of permanent Ankrd2
recruitment in the nucleus might be involved in the reduc-
tion of the vitality of myofibers, as well as satellite cells, affect-
ing stem cell renewal and muscle regeneration and resulting
in poor adaptation to stress stimuli. A model for a proposed
Ankrd2 involvement in the pathogenesis of laminopathies is
depicted in Figure 3.

Although direct observations of Ankrd2 localization and
functions in EDMD2 muscle (including nascent, mature, or
regenerating fibers) are still missing, we can suppose that
the catastrophic effects of mutated A-type lamins in muscu-
lar laminopathies might be also due to the altered Ankrd2-
lamin A interaction affecting both mechanosensing and
transcriptional activity of Ankrd2.

6. Perspectives for the Study of Lamin
A-Ankrd2 Interplay

6.1. Mechanosignaling Regulation through Ankrd2. Albeit
still unexplored, a consequence of an altered nuclear recruit-
ment of Ankrd2 observed in laminopathies might also be
related to a reduced availability of cytoplasmic Ankrd2 at
the I-bands of the sarcomere and thus to a decreased
mechanosensing activity. Therefore, it would be worth evalu-
ating the change in the Ankrd2 amount at the sarcomere in

laminopathic conditions. Moreover, given the involvement
of lamin A in mechanosignaling through the LINC complex,
it would be worth deepening the potential involvement of
Ankrd2 in lamin A/LINC complex-dependent mechanisms
of response to mechanical strain.

6.2. Muscle Fiber Type Disproportion (FTD). Muscle fiber
type disproportion (FTD) is a pathological condition in
which there is the selective reduction of the size of slow and
not fast myofibers. FTD is observed in many cardiac and
skeletal muscle disorders, with severe effects on the func-
tionality of all the striated muscle. Interestingly, since
Ankrd2 is principally expressed in slow fibers, pathological
nuclear recruitment of Ankrd2 might also be involved in
the damage and atrophy of slow fibers reported in muscular
laminopathies [100, 101].

In fact, FTD has been observed in some cases of
LGMD1B [100, 102] as well as EDMD2 [100]. Furthermore,
in skeletal muscle from LmnaH222P/H222P mice, in addition to
FTD, atrophy of fast fibers was detected [101].

6.3. PML-NB. Promyelocytic leukemia protein-nuclear
bodies (PML-NBs) are nuclear matrix-associated domains
recruiting a variety of seemingly unrelated proteins with the
aim of regulating many cellular functions from transcrip-
tional regulation to growth regulation, tumor suppression,
apoptosis, and storage of nuclear proteins under stress
conditions [103]. PML-NBs are presumed to mediate
protein-protein interactions and function as a platform that
promotes protein posttranslational modification, for exam-
ple, SUMOylation, acetylation, ubiquitination, and phos-
phorylation [104]. This has been demonstrated for p53,
which is activated in PML-NBs of C2C12 myoblasts, upon
exposure to ROS [105]. Interestingly, both Ankrd2 and lamin
A/C bind to PML, a core constituent of PML-NBs, and albeit
not essential for PML-NB function, it regulates their develop-
ment under stress condition [106]. Since it has been reported
that progerin, the truncated and toxic prelamin A responsible
for the progeroid disease HGPS, progressively accumulated
in PML bodies, altering their shape and number [107], it is
therefore possible that other lamin A/C mutants might
participate in the formation of PML-NBs under stress condi-
tions, perturbing their downstream pathways involved in
transcription, apoptosis, senescence, response to DNA
damage, etc. As already reported, Ankrd2 localizes at PML-
NBs under stress conditions [1]. The possibility that mutant
A-type lamins and Ankrd2 localization at the PML-NBs
concur to aberrantly regulate PML-NB activity under stress
conditions warrants further investigation.

6.4. Therapeutic Perspectives. Sequestration of proteins at the
nuclear envelope or inside the nucleus by lamin mutants as
well as by excess levels of wild-type lamins has been widely
reported and involves DNA-binding proteins such as BAF
and transcription factors such as Oct-1, c-FOS, and AP-1
[108–118]. An interesting condition has been described in a
Drosophila model of EDMD2 as well as in patient muscle
fibers, where nuclear accumulation of the stress-responsive
protein Nrf2 (Nuclear factor erythroid 2-related factor 2)
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muscle differentiation induce Ankrd2 phosphorylation by Akt2 [15] and translocation into the nucleus, by binding to A-type lamins (black
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was observed [119]. It is conceivable that Nrf2 and Ankrd2
aberrant dynamics both contribute to altered stress response
in EDMD2. The identification of molecules able to release
aberrant interactions between mutated lamins and their
binding partners, including Ankrd2, may provide innovative
therapeutic tools for laminopathies.

7. Concluding Remarks

In conclusion, although direct evidence on Ankrd2 localiza-
tion in forming, mature, and regenerating EDMD2 muscle
fibers is still missing, we hypothesize that alterations in
expression, PTMs, interactors, or nuclear localization of
Ankrd2 might contribute to impair the response to
mechanical and/or oxidative stress. Future studies exploit-
ing different laminopathic animal models, including
murine LmnaH222P/H222P KI, LmnaΔK32 KI, or Lmna KO
(respectively, reproducing conditions very close to human
cardiomyopathy, L-CMD and EDMD [101, 120, 121]),
would enable further novel insights into the role of Ankrd2
in the pathophysiology of muscular laminopathies.

Finally, a proteomic analysis of Ankrd2 interactome in
mature muscle (healthy and EDMD2-affected), as well as
the creation of animal models expressing unphosphorylata-
ble Ankrd2 forms, will help to better define the role of
Ankrd2 in muscular tissue, allowing the assignment of a spe-
cific role of oxidative stress-dependent phosphorylation to
the pathology of other cardiac and skeletal muscle disorders.
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The therapeutic effects of telmisartan, an angiotensin II receptor antagonist and a peroxisome proliferator-activated receptor-γ
(PPAR-γ) agonist, have been demonstrated in several disorders. It has antioxidant and immune response modulator properties
and has shown promising results in the treatment of an ischemia/reperfusion (I/R) lesion. In this study, a skeletal muscle (right
gastrocnemius muscle) I/R lesion was induced in rats and different reperfusion times (1 h, 24 h, 72 h, 7-day, and 14-day
subgroups) were assessed. Furthermore, levels of oxidative markers such as enzymatic scavengers (catalase (CAT) and
superoxide dismutase (SOD)) and metabolites (nitrates and 8-oxo-deoxyguanosine) were determined. The degree of tissue
injury (total lesioned fibers and inflammatory cell count) was also evaluated. We observed an increase in CAT and SOD
expression levels under telmisartan treatment, with a decrease in injury and oxidative biomarker levels in the 72 h, 7-day, and
14-day subgroups. Telmisartan reduced oxidative stress and decreased the damage of the I/R lesion.

1. Introduction

Ischemia reperfusion (I/R) is a phenomenon that occurs after
the occlusion of arterial blood flow to a specific organ or tis-
sue. The ischemia causes an imbalance in metabolic substrate
levels on the exposed cells; depending on the hypoxia dura-
tion, several mechanisms, which can help cell survival or
induce further damage, are activated [1–3]. Reperfusion is
the restoration of the blood flow and reoxygenation of the
affected tissues. It is related to an exacerbation of the initial
lesion and followed by several physiopathological mecha-

nisms in the affected cells, such as increments of cations in
cytosol, formation of reactive oxygen species and nitrogen
species, disruption of the signaling redox (oxidative stress
(OS)), mitochondrial lesion, transcriptional reprograming,
endothelial lesion, no-reflow phenomenon, immunity-
mediated lesion, apoptosis, autophagy, and necrosis. From
all these processes, the pathological changes in the affected
tissue can be divided into acute (first 72 h) and chronic
(15–90 days) at onset, which are determined by factors, such
as the time of ischemia and the response to inflammation and
oxidative stress [3, 4]. These two processes produce tissue
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damage, leading to the malfunction or dysfunction of the
affected tissues by many mechanisms [3, 4]. The I/R phe-
nomenon impact is most pronounced in patients with myo-
cardial infarction or cerebral ischemia. Its repercussions can
produce deleterious effects in the patients, and their preva-
lence affects the health care system [5–8]. Despite the impact
of this phenomenon, no specific pharmacological approach
has been established to decrease lesion development [9].

In the OS component of the I/R lesions, the role of enzy-
matic scavengers such as superoxide dismutase (SOD) and
catalase (CAT) is crucial for cell survival [1–3], not only
because they are the first line of defense against reactive oxy-
gen radicals (ROS) and nitrogen (RNS) but also because their
absence or malfunction leads to signaling redox disruption in
the cell, inducing or increasing the I/R lesion. The I/R lesion
formation process may be complex because of all the patho-
physiological components, but the increase in enzymatic
scavengers’ expression, function, or activity may partially
improve the affected tissue survival [10, 11]. Several authors
have described that telmisartan, an angiotensin type 1
receptor antagonist and peroxisome proliferator-activated
receptor-γ (PPAR-γ) receptor partial agonist, produces a
beneficial effect on OS-induced damage in different patho-
logical process (diabetes, dyslipidemia, hypertension, cancer,
etc.) and has shown encouraging results even in the animal
models of I/R lesions [12–22]. Telmisartan has been shown
to affect the concentration and activity of some enzymatic
scavengers (SOD, CAT, NADPH, etc.), but its mechanism
of action and the impact on the extent of I/R lesion progres-
sion have not been well elucidated [12–22]. The effects of the
PPAR-γ receptor activation have shown expression in many
tissues, but its maximal expression has been shown in the
adipocyte and immune cells. The pathways involved in the
signaling effects are related to the activation of the extracellu-
lar signal-regulated kinase–mitogen-activated protein kinase
(ERK-MAPK) cascade, which can induce activation and dif-
ferentiation of macrophages, increasing the expression of
CD36, stimulating recruitment activity, and inducing the
survival of the cells under OS [23, 24].

We aimed to determine the effect of telmisartan on the
expression of SOD and CAT and on the production of
oxidative metabolites like nitrates (products of protein
nitrosylation) and 8-oxo-deoxyguanosine (products of
DNA oxidation). Furthermore, we evaluated the histological
impact of telmisartan on I/R lesion-induced muscle tissue
damage in the limbs of Wistar rats.

2. Material and Methods

2.1. Animals. Male Wistar rats, weighing 250–350 g, were
housed in colony rooms with a 12/12h light/dark cycle
at 21–25°C and had free access to food and water. All
animal experiments were performed in accordance with
the Centro Universitario de Ciencias de la Salud of the
Universidad de Guadalajara ethical committee regulations
(register number: CEI/19/2015). All guidelines for laboratory
animal care of the Mexican legislation were followed
(NOM-062-ZOO-1999).

2.2. Pharmacological Intervention. Telmisartan was obtained
in the form of tablets (from Boehringer Ingelheim) that were
powdered and titled according to each rat’s weight, using a
sterile technique, diluted with injectable water, vortexed,
and administered using an orogastric cannula. The drug
was administered at single doses of 20mg/kg/day, which
was selected taking under consideration other studies [22],
in the morning in the therapeutic intervention group,
whereas injectable water was used as vehicle for the no
therapeutic intervention group. The rats received telmisartan
or injectable water daily for 7 days prior to the induction of
an I/R lesion and following the induction of the lesion until
the sacrifice of the animals at the specified time points.

2.3. Experimental Procedure to Induce Ischemia Reperfusion.
All rats were anesthetized with an intraperitoneal injection
of Zoletil 50 (tiletamine 125mg/zolazepam 125mg) at a dose
of 40mg/kg and ketamine at a dose of 80mg/kg [25]. No
additional anesthesia administration was necessary during
the procedure.

The skin in the area of the procedure in the right inguinal
fold was disinfected and shaved; a 1 cm incisionwasmade and
dissection was performed using a dulled technique until the
vascular-nerve plexus. A tourniquet was placed on the entire
plexus using prolene 3-0 to induce ischemia in the gastrocne-
mius muscle, and the incision was closed using silk 3-0. Ische-
mia was maintained for 6 h. Following this, the animals were
anesthetized again; the incision was reopened; and for reper-
fusion, the tourniquet was removed, avoiding damage to the
plexus, using a fine blade under a magnifying glass and direct
visualization. After reperfusion, the animals were sacrificed
under anesthesia; blood and gastrocnemius muscle samples
were obtained for RNA extraction and histological analysis,
as well as for SOD, CAT, and 8-oxo-deoxgyuanosine quanti-
fication using enzyme-linked immunosorbent assay (ELISA)
and nitrite/nitrate quantification using colorimetric analysis.

2.4. Experimental Protocol. Overall, 50 rats were included in
the experiment and were divided into two groups of 25 rats
each. Group 1 received a therapeutic intervention (telmisar-
tan), whereas group 2 received only injectable water.

Both groups were subdivided into five subgroups (each
comprising 5 rats) based on 1 h, 24 h, 72 h, 7 days, and 14
days of reperfusion (Figure 1).

2.5. Gene Expression. The muscle samples were stabilized
using RNAlater from Thermo Fisher Scientific (Cat.
AM7020) and frozen at −80°C until RNA extraction was per-
formed. RNA extraction was performed from the muscle
samples within 24 h following the sacrifice. The samples were
cut in 50 to 100mg pieces, using a sterile technique, and
homogenized with TRIzol from Invitrogen (Cat. 15596026)
and TissueRuptor from QIAGEN. RNA concentration and
integrity were evaluated using the Eppendorf NanoDrop
spectrophotometer. RNAs isolated from different samples
had similar gel electrophoresis profiles. Total RNA yield from
each tissue sample (50–100mg) equaled at least 150 μg and
was sufficient for endpoint QRT-PCR analysis. cDNA syn-
thesis was performed using Verso cDNA synthesis from the
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Thermo Fisher Scientific kit (Cat. AB1453A) in a volume of
20 μL: cDNA synthesis 4μL, dNTP mix 2μL, RNA primer
1μL, RT enhancer 1μL, Verso enzyme mix 1μL, template
RNA 5μg, and DEPC water up to 20μL.

The primer was designed using the sequences from the
GenBank of the PubMed database and the program FastPCR
6.5 version. The primers had the following sequences: (1) for
SOD-2, FW TTC AGGGAAGCC ATT CAG CAC CAT and
RW ACT GTT ACC TTG TCA GGG A; (2) for CAT, FW
TTG GCA GAG CCT GAA GTC ACC ACT and RW TGG
TCA GGA CAT CGG GTT TCT G; and (3) for β-actin
(constitutive), FW AGT ACA ACC TTC TTG CAG CTC
and RW AGT CCT TCT GAC CCA TAC CC.

The gene expression levels were assessed using endpoint
QRT-PCR. The amplification reactions were performed in a
volume of 10 μL using the Thermo Fisher Scientific Dream-
Taq Green PCR Master Mix (Cat. K1089BID). The proce-
dure was performed using the DreamTaq Green PCR
Master Mix 5μL, FW primer 0.5μL, RW primer 0.5μL,
template 1μL, and injectable water 3μL. Tm-normalized
hybridization conditions were as follows: initial denaturaliza-
tion for 1min at 95°C, 40 amplification cycles (30 s/95°C,
30 s/57°C, and 1min/72°C), and extinction for 7min at
72°C. Hybridization was performed in triplicates in a Thermo
Scientific thermal cycler. Samples were run on a 1% agarose
gel at 70mV, 400 amp for 45min in a Bio-Rad electrophore-
sis chamber and visualized in a 360nm transilluminator; the
obtained images were evaluated using the program “ImageJ”
for all sample quantifications [26].

2.6. Biochemical Assay. SOD-2, CAT, and 8-oxo-dG residue
protein levels were measured using sandwich ELISA kits
(R&D Cat. DYC3419-5, MBS Cat. 701908, and Trevigen
Cat. 4380-096-k, respectively). Nitrite concentration was
determined using a colorimetric assay kit (Sigma cat.
23479-1KT-F). All experimental procedures were performed
following the manufacturers’ specifications. The Sinergy

HT spectrophotometer was utilized for processing and the
program GEN5 11 version for curve plots and calculations.

2.7. Histological Tissue Evaluation. The tissue samples were
immersed in 4% paraformaldehyde and processed into
5 μm sections from the proximal, medial, and distal areas
of the right gastrocnemius muscle. They were subsequently
processed in a paraffin bath and stained with hematoxylin
and eosin. Microscopic evaluation was performed under an
Axiostar plus microscope. Images were captured using the
Carl Zeiss Axiocam, and measurements were performed
using the AxioVision 8.1 program.

Cell and tissue damage was evaluated independently by
three different pathologists, using full-frame counting,
fourfold, and stratified techniques [27]. The lesioned muscle
fibers were assessed individually, and inflammatory cells
were accounted for.

3. Statistical Analysis

Data are expressed as mean ± standard error of the mean.
Normality of the data was assessed using the Shapiro–Wilk
test. For between-group comparisons, the Kruskal–Wallis
test, followed by the Mann–Whitney U test, was used. p
values < 0.05 were considered significant.

4. Results

4.1. Effect of Telmisartan on Gene Expression. Data quantifi-
cation was performed using the ImageJ program by measur-
ing optical densities (ODs) [28]. OD normalization for each
sample was performed using a constitutive gene (β-actin).
For gene expression comparisons, OD from the no treatment
group was divided by that from the treatment group. The
normalization procedure was performed by measuring the
gel image of each gene in triplicates, averaging the values,
and dividing the constitutive gene value by the

Group
organization
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Telmisartan

1 h 24 h

72 h 7 days

Group 2 (control) 
Injectable water 

1 h 24 h

72 h 7 days
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Figure 1: Group organization. Ischemia was induced for 6 h in all groups.
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corresponding gene sample value. For the comparison of
samples, the normalized values of the expected gene were
divided by the values of the gene of interest
( I/R / IR + Telm ). Data were normalized to 1 and plotted
in arbitrary expression units (AEUs) for analysis using
GraphPad Prism 6.1 [29].

SOD-2 gene expression demonstrated upregulation in
the 1 h (3.012 AEU), 24 h (2.994 AEU), and 72 h (3.010
AEU) telmisartan treatment subgroups compared with
the control subgroups (p < 0 0006) and demonstrated a
decrease in the 7-day (0.5049 AEU) and 14-day (0.5669
AEU) telmisartan subgroups (p < 0 0006) (Figure 2(a)).

CAT gene expression demonstrated significant upregula-
tion in the 1 h telmisartan subgroup (1.916 AEU) compared
with the control subgroups (p < 0 001). No differences were
detected in the 72 h subgroup; however, a significant decrease
in gene expression was detected in the 24 h (0.771 AEU),
7-day (0.060 AEU), and 14-day (0.334 AEU) telmisartan sub-
groups compared with the control subgroups (p < 0 0006)
(Figure 2(b)).

4.2. Effect of Telmisartan on Catalase and Superoxide
Dismutase Protein Levels. CAT protein levels were
significantly increased in the 1 h (844.3mIU/mL), 72 h
(905.5mIU/mL), 7-day (1218mIU/mL), and 14-day
(2239mIU/mL) telmisartan subgroups compared with the
control subgroups (p < 0 05); however, these levels were
decreased in the 24 h telmisartan subgroup (410.6mIU/mL)

compared with the control subgroups (p < 0 05)
(Figure 3(a)). In the intragroup comparison of the telmisar-
tan subgroups, a significant decrease in the CAT protein
levels was found between the 1 h and 24 h subgroups,
although the remaining subgroups showed a significant
progressive increase from the 24h to the 14-day subgroup
(p < 0 0001) (Table 1).

SOD protein levels showed a significant increase in the
1 h (689.8 pg/mL) and 72 h (540.9 pg/mL) telmisartan
subgroups compared with the control subgroups (p < 0 05).
Furthermore, these levels demonstrated a significant decrease
in the 14-day (425.2 pg/mL) telmisartan subgroup compared
with the control subgroups (p < 0 05); however, no differ-
ences were observed between the 24 h and 7-day subgroups
(Figure 3(b)). In the intragroup comparison of the telmisar-
tan subgroups, a significant decrease in the levels was found
between the 1 h and other subgroups (p < 0 001), but no
differences were found among the 24 h, 72 h, 7 day, and 14
day subgroups (Table 1).

4.3. Effect of Telmisartan on Oxidative Metabolites. 8-Oxo-
dG concentration was significantly decreased in the 72h
(5,347 pg/mL), 7-day (6,296 pg/mL), and 14-day
(8,926 pg/mL) telmisartan subgroups compared with the con-
trol subgroups (p < 0 001); however, the 24 h subgroupdidnot
show any significant difference. Furthermore, 8-oxo-dG levels
were significantly increased in the 1 h telmisartan subgroup
(17,271 pg/mL) compared with the control subgroups
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(p < 0 001) (Figure 3(c)). In the intragroup comparison of the
telmisartan subgroups, a significant and progressive decrease
was observed in 8-oxo-dG levels from the 1 h to the 72h sub-
groups (p < 0 001); nevertheless, a progressive increase was
detected in the 7-day and 14-day subgroups compared with
the other subgroups (p < 0 0001) (Table 1).

Nitrate concentration was significantly decreased in
the 24 h (2,438 pg/μL), 7-day (1,412 pg/μL), and 14-day
(2,131 pg/μL) telmisartan subgroups compared with the
control subgroups (p < 0 005). A significant nitrate con-
centration increase was detected in the 1 h (4,549 pg/μL)
and 72 h (3,754 pg/μL) telmisartan subgroups compared
with the control subgroups (p < 0 0001 and p < 0 0005,

respectively) (Figure 3(d)). In the intragroup comparisons
of the telmisartan subgroups, three significant peaks of
nitrate concentration increase in the 1 h, 72 h, and 14-day
(p < 0 0001) telmisartan subgroups as well as two significant
peaks of decrease in the 24h and 7-day telmisartan sub-
groups were observed (p < 0 001) (Table 1).

4.4. Effect of Telmisartan on Tissue Lesions. The lesion assess-
ment (Figure 4) was performed using full-frame counting,
fourfold, and stratified techniques. The comparison was done
using three variables: lesioned muscle fibers, inflammatory
cell infiltrates, and nonlesioned fibers [27]. Tissue damage
was defined as a fiber injury characterized by broken or
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ragged borders, inconsistent texture and color throughout
the myocyte, presence of holes, and/or detached nuclei.
Uninjured muscular fibers were characterized by well-
defined borders, uniform texture and color throughout the
myocyte, and absence of holes or ruptures in membranes.
Pericellular nuclei or satellite cells could be observed adjacent
to uninjured myocytes. Because of the hematoxylin and eosin
(H&E) stain, it is not possible to precisely differentiate the
type of inflammatory cells, so all the inflammatory cells were
counted one by one and evaluated as a whole, using the same
technique for each picture, and independently by three
different pathologists.

The inflammatory cell infiltrate was significantly
decreased in the 24 h (193.3 cells), 72 h (305.3 cells), and 7-
day (383.8 cells) telmisartan subgroups compared with the
control subgroups (p < 0 007, p < 0 003, and p < 0 01, respec-
tively) (Figure 5(a)). Furthermore, the inflammatory cell
infiltrate was increased in the 1 h (427.8 cells) and 14-day
(923.4 cells) telmisartan subgroups compared with the con-
trol subgroups (p < 0 0001 and p < 0 007, respectively)
(Figure 5(a)). In the intragroup comparison of the telmisar-

tan subgroups, a significant decrease was detected in the
24 h subgroup (p < 0 001); nevertheless, a significant progres-
sive increase from the 24 h subgroup to the 14-day subgroup
was detected (p < 0 0001) (Table 1).

The number of injured fibers was decreased in the 72h
(15.5 cells), 7-day (7.4 cells), and 14-day (0 cells) telmisartan
subgroups compared with the control subgroups (p < 0 0008,
p < 0 01, and p < 0 0001, respectively). No significant differ-
ences were detected in the 1 h and 24 h telmisartan subgroups
(Figure 5(b)). In the intragroup comparisons of the telmisar-
tan subgroups, a progressive decrease until the 14-day
subgroup was detected (p < 0 0001) (Table 1).

5. Discussion

OS has been shown to play an important role in the devel-
opment and propagation of permanent injury in I/R
lesions [1–3]. Under physiological conditions, scavenger
systems, including the enzymes such as SOD and CAT,
control OS [10, 30–32]. The enzymes are initially responsible
for the reduction of excess OS, and their role in signaling

Telmisartan (+)

Telmisartan (−)

Figure 4: Histological hematoxylin and eosin stain evaluation. (A) I/R 1 h control group: in the delineated black mark, the increase of the
interstitial space is observed. (A′) I/R+Telm 1 h group. (B) I/R 24 h control group. (B′) I/R+Telm 24 h group. (C) I/R 72 h control group:
the black arrows pinpoint the absence of muscular cells with the delimitation of the stain; the black circles show fragile places at the
moment of the cut. (C′) I/R+Telm 72 h group. (D) I/R 7-day control group. (D′) I/R+Telm 7-day group. (E) I/R 14-day control group: its
observed reorganization and compaction of the tissue. (E′) I/R+Telm 14-day group: its observed reorganization and compaction of the
tissue; inflammatory cells are increasing in comparison with the control group. The black scale bar represents 200μm. 100x in all pictures.
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Figure 5: Inflammatory and injured cells. Comparison between therapeutic intervention (telmisartan) and control groups: (a) full count of
inflammatory cells; (b) full count of injured cells. ∗p ≤ 0 05, ∗∗p ≤ 0 005, and ∗∗∗p ≤ 0 0005.
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redox modulation is crucial. However, during reperfusion,
these systems are overwhelmed, and the overproduction of
free radicals (ROS and RNS) results in the oxidation of
multiple cellular molecules through such proteins (NO3

−)
and DNA (8-oxo-dG) (Figure 6). Telmisartan has been
described as a modulator of some oxidative and antioxidant
biomarkers, but its mechanism of action is not well under-
stood [15, 18, 20, 21, 33–39]. In the present study, we found
that telmisartan produced changes in the SOD-2 and CAT
gene expression but to a different degree and time-course
regarding reperfusion.

CAT expression modulation has been described as an
adaptive response for cell survival after OS injury; further-
more, telmisartan treatment after OS injury has been shown
to increase CAT activity and concentration [39–41]. We
observed an increase in CAT gene expression and protein
concentration only in the 1 h subgroup without any changes
in the concentration of oxidative biomarkers and extent of
tissue injury. Nevertheless, CAT protein levels decreased in
the 24 h subgroup and subsequently persistently increased
in the 72h, 7-day, and 14-day subgroups; this was associated
with a decrease in the extent of injured tissues and expression
of oxidative markers.

CAT gene expression is a complex process; this is posi-
tively regulated by the presence of PPAR-γ through a
response element at −12 kb from the transcription initiation
site of the human catalase gene. Excess reactive oxygen and
nitrogen species can induce a negative CAT and PPAR-γ
gene expression [40, 42–46], reducing CAT and PPAR-γ
protein levels in the affected tissues. In addition, during the
reparation process, the signaling pathways mediated by
TGF-β and TNF-α were activated throughout the inflamma-
tory processes, consequently downregulating the CAT gene
expression [40, 42–46]. Telmisartan directly increases
PPAR-γ gene and protein expression, consecutively increas-
ing the CAT gene expression [39, 41].

The behavior of the CAT gene expression during the first
hour reflected a preconditioning effect, which produces an
overexpression of CAT, increases the protein levels, and
prepares the cells to tolerate oxidative stress. However, at
24 h of reperfusion, we can see a significant decrease in the
CAT gene expression due to the overproduction of ROS
and RNS, which surpasses the preconditioning effect caused
by telmisartan. This negative feedback in the CAT gene
expression is observed in all body cells due to the fact that
ROS and RNS are released in the body; however, telmisartan
could have an effect in the nonaffected cells, which are over-
expressing CAT; thus, we can see a normalization on the
levels of CAT gene expression and an increase in the levels
of CAT protein in serum at 72h. As a consequence to I/R
in locally affected tissues, we see a decrease of the CAT gene
expression at 7 and 14 days accompanied with an increase of
CAT protein in serum. To explain this behavior, we could
take into account the downregulation induced by the
activation of the inflammatory and reparation mechanisms
(TGF-β and TNF-α) in the affected tissues at 72 h, which
decrease gene expression. The increase of the CAT protein
is related to the continuous effect of telmisartan on the non-
affected cells. These changes correlate with the tissue repara-

tion, which starts at 72 h and is completely established at 14
days (histological images). The direct and indirect effects of
telmisartan in the immune system were beneficial to the early
recovery of the damaged cells. The histological stains with a
higher immune cell count demonstrated a better recruitment
of inflammatory cells in the tissue affected by I/R and dis-
played a faster recovery of the tissue compared with those
not treated with telmisartan.

SOD-2 is the first enzymatic scavenger after an OS
perturbation, and its expression is upregulated when an
inflammatory process is coactivated [47–52]. In our study,
SOD-2 gene expression (in the 1 h, 24 h, and 72 h subgroups)
and protein levels (in the 1 h and 72h subgroups) were
increased; however, this high gene and protein expression
apparently had no impact on the extent of tissue injury in
the 1 h subgroup (Figure 5(b)). Nevertheless, among the
telmisartan subgroups, we observed a decrease in gene
expression in the 7- and 14-day subgroups, but not in the
protein levels in the 24 h and 14-day subgroups. We did not
measure enzyme activity; however, we propose that telmisar-
tan may increase CAT and SOD bioavailability because we
detected an increase in protein levels without gene expression
increase after treatment with it.

The variability in NO synthase explains the behavior of
the levels of nitrates during the experiment, due to the fact
that it is modulated by multiple mechanisms, local and
systemic [53–55]. There are differences in these regulation
mechanisms for the different isoforms of this enzyme (endo-
thelial, neuronal, mitochondrial, and inducible) [53–58].

Telmisartan and other ARB increase the expression and
the activity of eNOS in endothelial cells, giving protection
in circumstances of stress [53, 55, 59]. However, in the pres-
ence of severe hypoxia with an excessive production of ROS
and RNS, eNOS will induce a rearrangement of these
enzymes in the cellular membrane and a malfunctioning that
will affect the production of NO [35, 53, 54, 56, 57, 60].

Great quantities of ROS cause a systemic effect that
decreases the expression and activity of SOD, which coin-
cides with the decrease of nitrates we observed during the
first 24 hours and is related with the inactivity of eNOS.
We consider that once the activity of endothelial eNOS
and ROS is regulated through other modulation mecha-
nisms such as those mediated by the immune system,
there is a decrease in the concentration of systemic
nitrates, which is what we would observe at 72 hours
and 14 days.

Telmisartan may decrease oxidative biomarker levels
and improve injury recovery through OS and inflamma-
tory response modulation in the local tissue. In our study,
telmisartan’s effect on injury attenuation and OS product
reduction was present between 24 h and 14 days. Analyz-
ing the lesion extent and progress in nontreated rats from
the start (1 h) to the time when recovery of the lesion (14
days) is observed, we conclude that the progress of the I/R
lesion is divided into two periods. The first is damage lim-
itation that can occur until 7 days after the start of the
reperfusion. The second is the start of the reparation pro-
cess that can be underhanded since the first 72 h after the
start of the reperfusion. The repair mechanism activation
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Figure 6: Modulation of oxidative stress during the I/R lesion. (a) Production of OS during the I/R lesion without telmisartan; overproduction
of ROS and RNS overpasses the enzymatic scavenger systems, increasing the damage of the components of the cell such as DNA and proteins.
(b) Modulation of OS by telmisartan; producing the increase of SOD and CAT that induces reduction of ROS and RNS.
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involves many regulatory steps that are influenced by local
and systemic responses that exceed the scope of this study.
Nevertheless, these two processes are probably coactivated
by several gene regulation and signaling mechanisms. One
of the most important check points should be OS modula-
tion because we demonstrated that enzyme system modu-
lation improves the damage limitation and the recovery
process. We also evaluated the presence of immune mod-
ulation by telmisartan [19, 20, 33, 37, 61, 62], apparently
increasing the recovery effect on the muscle skeletal cells.
Telmisartan affected the inflammatory response by causing
a continuous increase in inflammatory cell infiltration, but
at the same time, tissue damage improvement in the mus-
cle skeletal cells was demonstrated for the first time.
Apparently, the influence of telmisartan on gene expres-
sion within the first 72 h and the increase in the bioavail-
ability of enzyme systems that modulate OS help in the

upregulation of the reparatory immune cells, besides over-
activation of the damage limitation of the immune system.
However, because no specific biomarkers of inflammatory
response and histological markers exist, no definitive con-
clusions can be drawn.

6. Conclusions

Telmisartan treatment results in the upregulation of the
enzyme scavengers SOD and CAT during an I/R lesion
formation, possibly not only through gene expression
induction but also through prolongation of the lifespan
of the enzymes (Figure 7). Modulation of gene expression
of SOD and CAT levels contributes to the recovery as well
as to a decrease in the damage during the late phase of the
I/R lesion.
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Sarcopenia is characterized by the loss of muscle mass, strength, and function with ageing. With increasing life expectancy, greater
attention has been given to counteracting the effects of sarcopenia on the growing elderly population. Chlorella vulgaris, a
microscopic, unicellular, green alga with the potential for various pharmaceutical uses, has been widely studied in this context.
This study is aimed at determining the effects of C. vulgaris on promoting muscle regeneration by evaluating myoblast
regenerative capacity in vitro. Human skeletal myoblast cells were cultured and underwent serial passaging into young and
senescent phases and were then treated with C. vulgaris, followed by the induction of differentiation. The ability of C. vulgaris to
promote myoblast differentiation was analysed through cellular morphology, real-time monitoring, cell proliferation,
senescence-associated β-galactosidase (SA-β-gal) expression, myogenic differentiation, myogenin expression, and cell cycle
profiling. The results obtained showed that senescent myoblasts exhibited an enlarged and flattened morphology, with increased
SA-β-gal expression, reduced myogenic differentiation, decreased expression of myogenin, and an increased percentage of cells
in the G0/G1 phase. Treatment with C. vulgaris resulted in decreased SA-β-gal expression and promotion of myogenic
differentiation, as observed via an increased fusion index, maturation index, myotube size, and surface area and an increased
percentage of cells that stained positive for myogenin. In conclusion, C. vulgaris improves the regenerative capacity of young
and senescent myoblasts and promotes myoblast differentiation, indicating its potential to promote muscle regeneration.

1. Introduction

A decrease in performance of bodily functions is observed
with the progression of ageing. Various organs and systems,
such as the nervous system, digestive system, and cardiovas-
cular system, are affected by ageing. In the muscular skeletal
system, a sequential loss of skeletal muscle mass, strength,
and function is observed with increasing age. This condition
is known as sarcopenia [1, 2]. Sarcopenia has been described
as an age-related decline of muscle mass, function, and
strength, with high prevalence after ageing [3]. A longitudi-
nal study revealed muscle mass loss at a rate of 0.64% to
0.70% per year in women and 0.80% to 0.98% per year in
men, along with muscle strength loss at a rate of 2.5% to

3% per year in women and 3% to 4% per year in men, in peo-
ple aged 75 years and older [4].

Although sarcopenia manifests in older people, the
causes of this condition are multifactorial and involve
changes in the body, such as chronic disease, inflammation,
and insulin resistance, in addition to environmental factors
like nutritional deficiencies, bed rest, and physical inactivity
[1]. An average of 36% and 42% of the female body and male
body, respectively, consists of skeletal muscle mass that has
the ability to contract or stretch to produce skeletal move-
ment. Skeletal muscle generates heat for the maintenance of
body temperature, stores protein reserves, and maintains
body posture, while also supporting and protecting soft
tissues [2, 5, 6].
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The negative effects of sarcopenia include a decrease in
the number of motor units and muscle fibre size and an
increase in muscle fibre atrophy. However, other factors such
as nutrition, hormones, metabolism, immunological condi-
tions, and a sedentary lifestyle can also lead to a decrease in
muscle mass and strength. These cause increased abnormal
gait, impaired oxidative metabolism, poor glucose regulation,
weakness, loss of independence, decreased mobility, falls and
fractures, and eventually, morbidity, and mortality [2, 5, 7].
Findings from a previous body composition study demon-
strated a marked decrease in skeletal muscle mass, changes
in muscle composition, and a greater infiltration of fat into
muscles in individuals with sarcopenia, which is associated
with ageing [8].

Currently, sarcopenia is an alarming problem in the
elderly due to longer life expectancies. Several strategies have
been used to fight sarcopenia, such as physical exercise, nutri-
tional supplements, and hormone therapy, e.g., testosterone
and oestrogen, which have been shown to improve muscle
mass and strength [7, 9, 10]. Greater attention has been given
to dealing with the outcomes of sarcopenia, with the aim of
reducing the effects of this age-associated disability. In this
study, Chlorella vulgaris was used to treat myoblast cells in
culture in an attempt to determine its effect on the promotion
of myoblast differentiation.

C. vulgaris was discovered in 1890 by a Dutch researcher
named Martinus Willem Beijerinck, who described it as coc-
coid green algal “balls” with well-defined nuclei [11, 12]. C.
vulgaris is a microscopic, unicellular freshwater green alga
that contains highly nutritious substances such as proteins,
nucleic acids, carbohydrates, chlorophylls, vitamins, and
minerals and has been widely studied thanks to its potential
applications in the pharmaceutical industry [13]. It also con-
tains β-carotene, lutein, chlorophyll-a and chlorophyll-b,
ascorbic acid, tocopherol, riboflavin, and retinol [14, 15].

Various studies have reported on the beneficial effects of
C. vulgaris, such as its hypolipidemic action [16, 17] and its
effects against diabetes [18, 19] and cancer [20–22]. A
previous study reported that glucose and insulin resistance
were increased and triglyceride, cholesterol, and free fatty
acid levels were decreased in high-fat diet-induced
insulin-resistant obese mice treated with C. vulgaris [17].
In a liver cancer rat model, treatment with C. vulgaris
decreased hepatocyte proliferation by decreasing Bcl-2
expression and promoted apoptosis by increasing caspase-
8 expression [21]. These potential protective effects of C.
vulgaris might be due to the presence of bioactive com-
pounds. This study is aimed at determining the effects of
C. vulgaris on the differentiation of myoblast cells during
the formation of mature myotubes in culture and thus
investigated its potential for the promotion of muscle
regeneration to combat sarcopenia.

2. Materials and Methods

2.1. Experimental Design. Human skeletal muscle myoblast
(HSMM) cells (Lonza, Walkersville, MD, USA) were chosen
as a model of replicative senescence in this study. The
myoblast cells underwent serial passaging to reach the

desired population doubling (PD), and a lifespan curve was
determined. The morphology of myoblast cells was observed
throughout the serial passaging. A senescence biomarker,
SA-β-gal, was measured in young and senescent myoblast
cells, in addition to myogenic purity, to allow for dependable
statistical analysis of different PDs. The viability of control
and C. vulgaris-treated cells was determined by the CellTiter
96® Aqueous Non-Radioactive Cell Proliferation Assay
(MTS; Promega, Madison, WI, USA) and monitored by
real-time monitoring using the iCELLigence system (ACEA
Biosciences Inc., San Diego, CA, USA). After the optimum
dosage of C. vulgaris was administered, myoblast cells were
induced to differentiate. The differentiation of myoblast cells
into mature myotubes was further characterized on days 1, 3,
5, and 7 of differentiation induction by determining the
fusion index, maturation index, and myotube size and sur-
face area. The number of cells expressing the differentia-
tion marker myogenin was also determined. This was
followed by determination of the cell cycle profile using
a fluorescence-activated cell sorter (FACS), the BD FACS-
VerseTM flow cytometer (Becton Dickinson, USA).

2.2. Cell Culture.Human skeletal muscle myoblasts (HSMM)
were purchased from Lonza (Walkersville, MD, USA) from
two different donors, a 20-year-old Caucasian female and a
17-year-old Caucasian female. The skeletal muscle myoblasts
were cultured in skeletal muscle basal medium (SkBM) with
supplementation of 50 ml foetal bovine serum (FBS), 10 ml
L-glutamine, 0.5 ml human epidermal growth factor (hEGF),
0.5 ml dexamethasone, and 0.5 ml gentamicin/amphotericin-
B (Lonza, Walkersville, MD, USA). Cells were cultured at
37°C in a humid atmosphere containing 5% CO2. The skele-
tal muscle myoblast cells then underwent serial passaging to
reach senescence. The population doubling (PD) of the cells
was calculated for each passage according to the formula ln
N/n /ln 2, where N is the number of cells at the harvesting

stage and n is the number of cells at the seeding stage [23].
The starting PD for this study was PD 8. The skeletal muscle
myoblast cells reached replicative senescence when the cells
could no longer proliferate, as indicated by a very slow
proliferation rate even with consecutive replenishment.
Morphological changes in the myoblast cells were observed
throughout passaging, and the myoblast cell lifespan curve
was developed based on the PD and number of days.

2.3. Real-Time Monitoring. The iCELLigence system (ACEA
Biosciences Inc., San Diego, CA, USA) was utilized to moni-
tor cellular events in real time by recording the electrical
impedance signal, followed by converting the impedance
value into a cell index (CI) value. The CI is an arbitrary unit
that reflects the cell number, morphology, and viability in a
given culture well. 1 × 104 myoblast cells were plated in each
well of an E-plate L8 and further cultivated at 37°C in a
humid atmosphere containing 5% CO2. Seeding was allowed
for 24 h followed by treatment with C. vulgaris and incuba-
tion for up to seven days. The CI value was recorded every
10 minutes, and the graph of myoblast cell proliferation
was plotted using RTCA Data Analysis Software version 1
(ACEA Biosciences Inc., San Diego, CA, USA). Two E-plate
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L8 plates were run simultaneously for all dosages of C.
vulgaris treatment, with two replicates (n = 2) for all treat-
ment groups.

2.4. Determination of Myogenic Purity. Immunocytochemis-
try was used to determine myoblast cell purity. Skeletal mus-
cle myoblast cells were seeded at a density of 5 × 103 cells per
well in a 96-well plate. After cells were washed with phos-
phate buffer saline (PBS), the cells were fixed in cold 100%
ethanol for 10 minutes followed by incubation with 1% FBS
for 30 minutes, with 3x PBS washes in between these proce-
dures. Then, the cells were incubated sequentially with an
anti-desmin monoclonal antibody in a dark environment
for 1 h (D33, Dako, Glostrup, Denmark) and Alexa Flour
488 goat anti-mouse in a dark environment for 1 h 45 min
(Life Technologies, Carlsbad, CA, USA), with 3x PBS washes
in between incubations. Hoechst 33342 (Life Technologies,
Carlsbad, CA, USA) was then used to visualize the cell nuclei.
The cells were viewed under an EVOS FL Digital Inverted
Fluorescence Microscope (Life Technologies, Carlsbad, CA,
USA). The percentage of desmin-positive cells was deter-
mined by examining a minimum of 50 cells from three inde-
pendent cultures [24].

2.5. Determination of Senescence Biomarkers. Identification
of senescent skeletal muscle myoblast cells was carried out
using the Senescent Cell Histochemical Staining Kit
(Sigma-Aldrich, St. Louis, Missouri, USA) according to the
manufacturer’s instructions. This assay detects the activity
of β-galactosidase, which is normally present in senescent
cells. Briefly, cells at a density of 8 × 104 were cultured in a
6-well plate, washed twice with PBS, and fixed using fixation
buffer for 7 minutes. Then, cells were washed with PBS three
times before overnight incubation in the staining mixture
solution at 37°C in the absence of CO2. Blue-stained cells
were observed under a light microscope using 40x magnifica-
tion. The percentage of blue-stained cells versus the total
number of counted cells was calculated, with a minimum of
100 cells being observed.

2.6. Preparation of Chlorella vulgaris. A stock of C. vulgaris
Beijerinck (strain 072) was obtained from the University
of Malaya Algae Culture Collection (UMACC, Malaysia).
The stock was grown in Bold’s Basal Medium (BBM) with
a 12 h dark and 12 h light cycle. The alga was then har-
vested by centrifugation at 1000 rpm and dried using a
freeze dryer. Later, the alga was dissolved in distilled water
at a concentration of 10% (w/v) and boiled at 100°C for 20
minutes using the reflux method. The alga was centrifuged
and lyophilised using a freeze dryer to obtain C. vulgaris in
a powdered form.

2.7. Cell Viability Assay. Cell viability was determined using
the CellTiter 96® Aqueous Non-Radioactive Cell Prolifera-
tion Assay (MTS; Promega, Madison, WI, USA) according
to the manufacturer’s instructions. A total of 5 × 103 cells
was cultured in a 96-well plate and incubated in a CO2 incu-
bator at 37°C for 24 h. Then, the media were replaced with
media containing C. vulgaris at various concentrations—0,
10, 50, 100, 200, 300, 400, and 500 μg/ml—and left in the

CO2 incubator at 37
°C for 24 h. Next, 20 μl of 3-(4,5-dimeth-

ylthiazol-2-yl)-5-(3-carboxymethoxyphenyl)-2-(4-sulfophe-
nyl)-2H-tetrazolium/phenazine methosulfate (MTS/PMS)
solution was added into each well in a dark environment
and cells were further incubated in the CO2 incubator at
37°C for 2 h. The absorbance of MTS formazan was mea-
sured at 490 nm with a multimode plate reader (PerkinEl-
mer, Waltham, MA, USA). The average reading of control
myoblast cells was used to represent 100% cell viability, and
the averages of triplicate readings of different concentrations
of C. vulgaris were converted to a percentage value. The opti-
mum dose of treatment was identified and used for subse-
quent experiments.

2.8. Induction of Myogenic Differentiation. For induction of
muscle cell differentiation, the proliferation medium SkBM
was replaced with a differentiation medium, DMEM:F12
(Lonza, Walkersville, MD, USA) with supplementation of
2% horse serum (ATCC, Baltimore, USA). The differentia-
tion medium was changed every two days until the desired
day of differentiation for parameter measurement.

2.9. Determination of Myogenic Differentiation. The differen-
tiation of myoblast cells into mature myotubes was repre-
sented using the fusion index, maturation index, and
myotube size and surface area, which revealed the efficiency
of myogenic differentiation. Myoblast cells were cultured in
a 96-well plate, and immunocytochemistry was used to stain
the differentiated cells on days 1, 3, 5, and 7 of differentiation
as described earlier in the myogenic purity methodology. The
myotube surface area was measured using ImageJ software
version 1.50i (National Institutes of Health, USA). The myo-
tube size was determined by the number of nuclei per myo-
tube in a minimum of 11 multinucleated cells in 3 different
randomly chosen optical fields [24]. The formulas for calcu-
lating the fusion index [25] and maturation index [26] are
shown below, and a minimum of 50 nuclei was counted in
3 different randomly chosen optical fields.

Fusion index = the number of nuclei inmyotubes ≥2 nuclei
the total number of desmin‐positive nuclei × 100%,

Maturation index = the number of nuclei inmyotubes ≥5 nuclei
the total number of desmin‐positive nuclei × 100%

1

2.10. Determination of Myogenin Expression. The number of
cells expressing myogenin was determined on day 1 and day
3 of differentiation using immunocytochemistry as described
earlier in the myogenic purity methodology, but with a differ-
ent primary antibody: a mouse monoclonal anti-myogenin
antibody (F5D, Dako, Produktionsvej, Denmark) at a 1 : 20
dilution at 4°C overnight. This was followed by incubation
with the secondary antibody Alexa Fluor 488 at a 1 : 1000
dilution at room temperature for 1 h 45 min. Cells were incu-
bated with Hoechst 33342 at room temperature for 10
minutes to visualize the nuclei. The cells were viewed under
an EVOS FL Digital Inverted Fluorescence Microscope (Life
Technologies, Carlsbad, CA, USA). Myogenin expression
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was calculated as the percentage of cells with myogenin-
positive nuclei compared to the total number of nuclei.

2.11. Analysis of Cell Cycle by Flow Cytometry. DNA content
was determined using the BD CycletestTM Plus DNA kit
(Becton Dickinson, San Jose, CA, USA) according to the
manufacturer’s instructions. A total of 5 × 105 myoblast cells
were washed with buffer solution before staining. The cells
were first resuspended in Solution A and incubated at room
temperature for 10 minutes. Next, Solution B was added
and cells were incubated at room temperature for 10 minutes.
Finally, Solution C was added and cells were incubated in the
dark at 4°C for 10 minutes. Cells were then filtered with a 35
μm cell strainer cap. The cell cycle phase distribution of
nuclear DNA was determined using a flow cytometer
fluorescence-activated cell sorter (FACS), the BD FACS-
VerseTM flow cytometer (Becton Dickinson, USA). A total
of 10,000 events were acquired, and the data obtained was
analysed using MODFIT software (FACSCalibur BD, USA).
The DNA content (x-axis, PI fluorescence) versus counts
(y-axis) was plotted as a histogram.

2.12. Statistical Analysis. Data obtained were expressed as
means ± SD, and statistical analysis was carried out using
SPSS software version 23. Data were analysed using one-
way ANOVA followed by Tukey’s post hoc test for compar-
ison between treatment and days and between dosages of
treatments on a desired day. A p value < 0 05 was considered
statistically significant.

3. Results

3.1. Myoblast Cells as an In Vitro Model of Cellular
Senescence. The morphology of myoblast cells at PD 14
(young) and PD 21 (senescent) exhibited different character-
istics: cells at PD 14 were spindle shaped with round nuclei,
more branching, and multinucleation (Figure 1(a)), while
cells at PD 21 were larger and flatter with few nuclei and less
branching. Intermediate filaments became more prominent
at PD 21, and the presence of vacuoles was observed
(Figure 1(b)). Desmin staining was also performed to further
elucidate the morphology of myoblast cells at PD 14
(Figure 1(c)) and PD 21 (Figure 1(d)). Myoblast cells at PD
14 were multinucleated, and myoblast cells at PD 21 showed
formation of intermediate filaments. Cells at PD 21 also pos-
sessed a slower proliferation rate even with consecutive
renewal of growth media. Serial passaging was carried out
on myoblasts from both donors to achieve replicative senes-
cence. A lifespan curve of myoblasts from the 20-year-old
donor was plotted showing cumulative population doublings
(PD) versus the number of days (Figure 1(e)). The lifespan
curve showed a progressive increase in the proliferation of
myoblast cells as the number of days increased. However,
the lifespan curve began to plateau at higher PDs, indicating
a slower proliferation rate as cells moved towards replicative
senescence. The increase in PD resulted in an increased
percentage of cells that stained positive for SA-β-gal, as
seen through the significantly higher SA-β-gal expression
observed in PD 21 cells compared to both PD 14 and

PD 18 cells (Figure 1(f)). Thus, myoblast cells at PD 14 were
considered young, while cells above PD 20 were considered
senescent cells. The presence of more than 92% desmin-
positive cells in each PD of the myoblasts confirmed no loss
of myogenicity, allowing for dependable statistical compari-
son among PDs throughout the study (Table 1).

3.2. Effects of C. vulgaris on Cell Viability and Proliferation.
Real-time recording by iCELLigence was applied to deter-
mine the cell indexes of myoblasts from both donors at PD
14 (young cells) and PD 21 (senescent cells). The cell index
graph of both PDs showed an increase in the cell indexes
throughout the seven days of incubation for myoblasts from
both the 17-year-old (Figures 2(a) and 2(b)) and 20-year-old
(Figures 2(c) and 2(d)) donors. Treatment with C. vulgaris at
various concentrations did not affect the proliferation of
myoblast cells at both PDs for both the 17-year-old
(Figures 3(a) and 3(b)) and 20-year-old (Figures 3(c) and
3(d)) donors which was increased with increasing number
of days. No significant difference was observed in the cell
proliferation and viability of myoblasts from both donors
when treated with C. vulgaris at different PDs. However,
myoblast cells from the 20-year-old donor exerted a greater
index of proliferation throughout the study when treated
with C. vulgaris as compared to myoblasts from the 17-
year-old donor (Figures 3(c) and 3(d)). Therefore, for subse-
quent experiments, myoblasts from the 20-year-old donor
were used.

The cell viability test demonstrated that incubation with
C. vulgaris at various concentrations maintained the viability
of young (PD 14) myoblast cells. However, a significant
decrease in the viability of senescent (PD 21) myoblasts was
observed when cells were treated with C. vulgaris at concen-
trations of 400 and 500 μg/ml (Figure 4). Myoblast cells
treated with C. vulgaris at concentrations of 10 and 100
μg/ml demonstrated the highest percentage of viable cells in
both young and senescent myoblasts. Therefore, C. vulgaris
at concentrations of 10 and 100 μg/ml were chosen for subse-
quent experiments.

3.3. Effects of C. vulgaris on the Replicative Senescence of
Human Myoblasts. Young (PD 14) and senescent (PD 21)
myoblasts undergoing various treatments were stained for
SA-β-gal as shown in Figures 5(a)–5(f). The percentage of
cells that stained positive for SA-β-gal was significantly
higher in senescent myoblasts compared to young cells
(Figure 5(g)). However, treatment of senescent cells with C.
vulgaris at 10 and 100 μg/ml decreased the percentage of cells
that stained positive for SA-β-gal compared to untreated
controls (p < 0 05).

3.4. Effect of C.vulgaris on the Promotion of Myoblast
Differentiation. Young (PD 14) and senescent (PD 21) myo-
blast cells were differentiated for 7 days to form myotubes.
Photomicrographs of desmin staining for young control
myoblasts and C. vulgaris-treated young myoblasts are
shown in Figures 6(a)–6(c), and those for senescent control
myoblasts and C. vulgaris-treated senescent myoblasts are
shown in Figures 6(d)–6(f). Myoblast differentiation was
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determined by the ability of myoblasts to differentiate, fuse,
and form mature multinucleated myotubes. Young control
myoblast cells were able to fuse together, forming large,
branched, multinucleated myotubes (Figure 6(a)). With C.
vulgaris treatment, more multinucleated myotubes formed,

as shown in Figures 6(b) and 6(c). In senescent control
myoblasts, the myotubes formed were smaller with fewer
branches compared to those in young myoblasts
(Figure 6(d)). However, the formation of myotubes in
senescent myoblasts improved with C. vulgaris treatment

Table 1: The percentage of desmin-positive cells in various population doublings that demonstrated no loss of myogenicity in myoblast cells.
The data are presented as the means ± SD, n = 3.

Myoblast PD 14 PD 16 PD 18 PD 20

Desmin positive (%) 97 89 ± 2 12 92 92 ± 1 08 95 55 ± 2 80 94 49 ± 2 54
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Figure 1: Morphological changes and serial passaging of myoblast cells in culture. Myoblast cells exhibited different morphological
characteristics, as seen in the photomicrographs of young (a) and senescent (b) myoblast cells (magnification: 50x), and the
photomicrographs of desmin staining of young (c) and senescent (d) cells (magnification: 200x). Myoblasts were stained for desmin
(green) and nuclei (blue). Arrows indicate the intermediate filaments and vacuoles observed in senescent myoblast cells. Myoblast cells
also lost their proliferative capacity with serial passaging as observed in the proliferation-lifespan curve of myoblast cells (e) and in the
increased percentage of cells that stained positive for SA-β-gal at higher PDs (f). The data are presented as the means ± SD, n = 3. Ap <
0 05: significantly different compared to myoblasts at PD 14 (young); Bp < 0 05: significantly different compared to myoblasts at PD 18
(presenescent), with a post hoc Tukey HSD test.
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and more branched, multinucleated myotubes were observed
(Figures 6(e)–6(f)).

The fusion index of young control myoblasts was signif-
icantly higher on days 3, 5, and 7 of differentiation compared
to day 1 (p < 0 05) (Figure 7(a)). Treatment with C. vulgaris
at 10 and 100 μg/ml significantly increased the fusion index
of young myoblasts compared to young control myoblasts
on day 5 of differentiation (p < 0 05).

The maturation index of young control myoblasts was
significantly higher on days 5 and 7 of differentiation com-
pared to day 1 (p < 0 05) (Figure 7(b)). Treatment with C.
vulgaris at 100 μg/ml significantly increased the fusion index
of young myoblasts compared to young control myoblasts on
day 5 of differentiation (p < 0 05).

The number of nuclei per myotube in young control
myoblasts was significantly higher on day 7 of differentiation
compared to day 1 (p < 0 05) (Figure 7(c)), while the surface
area of myotubes of young control myoblasts was signifi-
cantly higher on days 5 and 7 of differentiation compared
to day 1 (p < 0 05) (Figure 7(d)). Treatment with C. vulgaris
at 100 μg/ml significantly increased the surface area of myo-
tubes of young myoblasts compared to young control myo-
blasts on day 3 of differentiation (p < 0 05).

For senescent myoblast cells, the fusion index and myo-
tube surface area of senescent control myoblasts were signif-
icantly increased on days 5 and 7 of differentiation (p < 0 05)

(Figures 8(a) and 8(d)) while the maturation index and the
number of nuclei per myotube were significantly increased
on day 7 of differentiation (p < 0 05) (Figures 8(b) and
8(c)). No significant differences were observed in the fusion
indexes, maturation indexes, number of nuclei per myotube,
and myotube surface areas of senescent myoblasts treated
with C. vulgaris compared to the controls on a given day.

Photomicrographs of myogenin staining are shown in
Figures 9(a)–9(c) for young myoblast cells and in
Figures 9(d)–9(f) for senescent myoblast cells. Quantitative
data for myogenin expression showed that there was a signif-
icant increase in myogenin expression on day 3 of differenti-
ation in young myoblasts treated with 10 and 100 μg/ml of C.
vulgaris compared to young control myoblasts (0 μg/ml C.
vulgaris) (p < 0 05) (Figure 9(g)). The expression of myo-
genin in myoblasts treated with C. vulgaris at 10 and 100
μg/ml was also significantly higher on day 3 of differentiation
compared to day 1 (p < 0 05).

For senescent myoblasts, treatment with 10 and 100
μg/ml of C. vulgaris increased the expression of myogenin
significantly on days 1 and 3 of differentiation compared
to senescent control myoblasts (0 μg/ml C. vulgaris)
(p < 0 05) (Figure 9(h)). On day 3 of differentiation, the
expression of myogenin was significantly increased in both
control and C. vulgaris-treated myoblasts compared to day
1 (p < 0 05).
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Figure 2: The proliferation rates of myoblast cells from two different donors were represented using cell indexes (CI) for (a) young myoblasts
from the 17-year-old donor, (b) senescent myoblasts from the 17-year-old donor, (c) young myoblasts from the 20-year-old donor, and (d)
senescent myoblasts from the 20-year-old donor. Data are presented as means, n = 2.
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3.5. Effects of C. vulgaris on Cell Cycle Profiles. The percentage
of senescent control cells in the G0/G1 phase was significantly
increased on day 0 of differentiation to 92 45% ± 0 51% com-
pared to that of young control myoblasts at 91 04% ± 0 62%,

while the percentage of senescent control cells in the G2/M
phase was significantly decreased compared to that of young
control cells (Figure 10(a)) (p < 0 05). On day 1 of differenti-
ation, young myoblasts treated with 10 μg/ml C. vulgaris
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Figure 3: The proliferation rates of myoblast cells from two different donors treated with different concentrations of C. vulgaris were
calculated using the cell indexes (CI) for (a) young myoblasts from the 17-year-old donor, (b) senescent myoblasts from the 17-year-old
donor, (c) young myoblasts from the 20-year-old donor, and (d) senescent myoblasts from the 20-year-old donor. Myoblast cells without
C. vulgaris treatment is considered as negative control. Data are presented as means, n = 2.
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showed a significant increase in the percentage of G0/G1
phase cells and decreased S phase cells compared to young
control myoblasts (p < 0 05) (Figure 10(b)). A similar
increase in the percentage of senescent myoblast cells in the
G0/G1 phase, and decreased S phase and G2/M phase cells
were observed with C. vulgaris treatment on day 1 of differen-
tiation compared to young control myoblasts (p < 0 05)
(Figure 10(b)).

4. Discussion

Although sarcopenia is most common in the elderly, it also
affects entire communities due to the economic burden
imposed by the disease. Current approaches and interven-
tions for the prevention and management of sarcopenia,
such as physical exercise, nutritional supplements, and hor-
mone therapy, show promising results. Higher life expec-
tancies have contributed to an increase in health problems
amongst the elderly. Consequently, the introduction of nat-
ural remedies such as supplements or dietary interventions
has been widely studied. A previous study, which evaluated
the effect of Chlorella on muscle atrophy in a muscle-
specific mitochondrial aldehyde dehydrogenase 2 activity-
deficient mouse model, showed that supplementation with
Chlorella for 6 months resulted in the prevention of age-
related muscle atrophy [27].

The current study demonstrated the potential effects of
C. vulgaris on skeletal myoblast cell regeneration in vitro,
wherein human skeletal myoblast cells were chosen as a
model for replicative senescence. Replicative senescence
has been described as an irreversible growth arrest that
occurs in cells that have exhausted their proliferative
capacity. The results of our study showed that cells under-
going serial passaging in vitro achieved a certain number
of population doublings (PDs), shown in a constructed

lifespan curve. The human skeletal myoblast cells used in
this study have the ability to proliferate up to a certain
number of proliferation doublings and then lose their
capacity to proliferate upon reaching replicative or cellular
senescence. Cells were considered young during the first
one-third of their lifespan and senescent at the end of
their lifespan, after which cells failed to proliferate even
with repeated feeding [25].

In the present study, the morphology of myoblast cells
at PD 14 exhibited the characteristics of young cells, with
more spindle-shaped cells being present. At PD 21, these
cells became flatter and larger with the presence of inter-
mediate filaments and vacuoles, indicating senescence,
which was also reported by other studies [24, 28]. A pre-
vious study reported that the morphology of myoblast cells
that reached a senescent state resembled a flattened cell
with enlarged cytoplasm and extended cytosolic processes
[25]. This could be due to the exhaustion of satellite cells
as a large number of degeneration/regeneration cycles
occurred [29]. Senescent cells were further verified using
SA-β-gal staining that stained for β-galactosidase activity,
which is detectable in senescent cells and undetectable in
quiescent cells. Our findings showed that the percentage
of cells that stained positive for SA-β-gal was significantly
higher in PD 20 cells compared to PD 14 and PD 18 myo-
blasts. Therefore, in this study, myoblasts at PD 14 were
used to represent young cells and myoblasts at PD 21 rep-
resented senescent cells, which was in line with our previ-
ous study [24].

Myogenic purity analysis was carried out to ensure no
contamination from myogenic cells, such as fibroblasts,
that could obstruct the proliferation of myoblasts. Myo-
genic purity was maintained in this study, as indicated
by the presence of >92% desmin-positive cells in each
population doubling. These findings confirmed that there
was no loss of myogenicity throughout the replication of
experiments and thus that reliable statistical analysis
could be carried out between PDs. Real-time recording
was performed for seven days on myoblasts from two dif-
ferent donors, showing a similar pattern in the lifespans
of myoblasts at both PD 14 and PD 21, as shown by
an increase in proliferation along with the increasing
number of days.

Various concentrations of C. vulgaris were used to treat
myoblasts from two different donors, and real-time record-
ing was used to monitor the progression of cells for seven
days. An increase in proliferation with the increasing number
of days was observed up to a dosage of 500 μg/ml C. vulgaris.
Previous studies showed that there was no observed differ-
ence in myogenic behaviour between myoblasts from young
and myoblasts from elderly donors [25, 30]. The dose-
response curve of myoblast cells treated with C. vulgaris
showed increased cell proliferation in young myoblasts
treated with up to 500 μg/ml C. vulgaris and in senescent
myoblasts treated with up to 100 μg/ml C. vulgaris. To fur-
ther elucidate the effects of C. vulgaris on replicative senes-
cence, the senescence biomarker SA-β-gal was used to
identify the presence of senescent cells. The number of cells
that stained positive for SA-β-gal grew significantly higher
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with the increase in PD. However, treatment with C. vulgaris
significantly decreased the activity of SA-β-gal in senescent
cells, therefore demonstrating the reversal of ageing caused
by C. vulgaris.

Fusion indexes and maturation indexes were measured to
confirm the ability of myoblast cells to differentiate and form
mature myotubes, which are multinucleated cells. The find-
ings of this study showed that both young and senescent
myoblasts underwent differentiation in culture. However,
young myoblasts differentiated more efficiently compared
to senescent myoblasts, as indicated by increased fusion
indexes, maturation indexes, number of nuclei per myotube,
and myotube surface areas on as early as day 3 of differen-
tiation. Treatment with C. vulgaris was found to improve
the differentiation process in young myoblasts, as shown
by increases in the fusion index, the maturation index,
and the myotube surface area. However, a similar increase
was not observed in senescent myoblasts treated with C.
vulgaris. These results reveal the ability of C. vulgaris to
promote cell differentiation and thus myoblast cell regener-
ation, in young myoblasts.

The differentiation of myoblasts involves the activation
of quiescent muscle satellite cells to promote the formation
of myotubes through the upregulation of myogenin. Sub-
sequently, immature myotubes are promoted to mature
myotubes. Myogenin belongs to a group of muscle-specific
regulatory factors (MRFs), proteins that regulate the differen-
tiation of myoblasts [31]. Our results showed that treatment
with C. vulgaris resulted in a significant increase in myogenin
expression on day 3 of differentiation in young myoblasts. In
senescent myoblasts, however, myogenin expression was
increased on both day 1 and day 3 of differentiation after C.
vulgaris treatment, indicating the role of C. vulgaris in upreg-
ulating the expression of myogenin for the promotion of
muscle differentiation.

Cell cycle profiles indicate the status of cellular prolifera-
tion and the effect of C. vulgaris on myoblast differentiation.
Our results showed that the percentage of senescent control
myoblast cells in the G0/G1 phase was significantly increased
on day 0 of differentiation, indicating replicative senescence.
Cell cycle arrest occurs as a result of the inability of the senes-
cent myoblasts to replicate. On day 1 of differentiation,
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young myoblast cells treated with 10 μg/ml C. vulgaris
showed a significant increase in the percentage of G0/G1
phase cells and a significant decrease in S phase cells, indicat-
ing inhibition of cell proliferation and promotion of cell
differentiation. A previous study reported that during differ-
entiation, there is inhibition of myoblast proliferation, and
thus, more cells are present in the G0/G1 phase in order to
allow differentiation to take place [32]. However, a similar
pattern of cell cycle phases was not observed in senescent
myoblasts treated with C. vulgaris. The increased percentage
of G0/G1 phase cells and decreased S phase and G2/M phase
of senescent cells with C. vulgaris treatment were not signif-

icant when compared to control senescent myoblasts indicat-
ing that these changes were due to the age of senescent
myoblasts in culture and not due to C. vulgaris treatment.
These findings may explain why a more prominent differen-
tiation effect of C. vulgaris treatment on young myoblasts was
observed in this study.

C. vulgaris has been reported on previously due to its
potential activity as an antiageing agent by decreasing the
expression of aging biomarkers in senescent human diploid
fibroblasts (HDFs) [33]. It contains numerous active com-
pounds that contribute to its antiageing properties [34, 35].
However, it may not be possible to identify the specific
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Figure 6: Desmin staining of differentiated myoblasts, indicating the presence of multinucleated cells in mature myotubes.
Photomicrographs of desmin staining on day 3 for young control myoblasts (a), young myoblasts treated with 10 μg/ml C. vulgaris (b),
young myoblasts treated with 100 μg/ml C. vulgaris (c), senescent control myoblasts (d), senescent myoblasts treated with 10 μg/ml C.
vulgaris (e), and senescent myoblasts treated with 100 μg/ml C. vulgaris (f) (magnification: 200x). Myoblasts were stained for desmin
(green) and nuclei (blue). Arrows indicate the multinucleated cells formed during the differentiation and fusion process.
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compound that contributes to this effect. In addition, C. vul-
garis may produce its beneficial effects through a synergistic
response generated by multiple compounds found in these
algae [27]. C. vulgaris is considered a good source of anti-
oxidants because it contains nutritious substances such as
β-carotene, lutein, chlorophyll-a, chlorophyll-b, vitamin A
(retinol), vitamin B2 (riboflavin), vitamin C (ascorbic acid),
vitamin E (tocopherol), and minerals [14, 36, 37].

C. vulgaris has also been reported to contain various
essential amino acids, including branched-chain amino acids
(BCAA) such as valine, leucine, and isoleucine [37–39],
which are the vital components of actin- and myosin-
composed muscle. Leucine has been reported to be the most
potent BCAA for the stimulation of muscle protein synthesis
[40–42]. These findings indicate that C. vulgaris could be a
remedy for the prevention and treatment of sarcopenia. A
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Figure 7: Index of differentiation for young myoblasts. The fusion indexes (a), maturation indexes (b), myotube sizes (c), and myotube
surface areas (d) of young myoblasts. Data are presented as means ± SD, n = 3. ∗p < 0 05: significantly different compared to young control
myoblasts on a given day; Ap < 0 05: significantly different compared to young control myoblasts on day 1, with a post hoc Tukey HSD test.
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previous study also reported that the proteins extracted
from these microalgae are comparable to or higher than
commercial proteins, such as soybean proteins and sodium
caseinate [39].

C. vulgaris is a good source of n-3 polyunsaturated fatty
acids (n-3 PUFAs) due to its high content compared to other
microalgae, such as Spirulina platensis and Isochrysis galbana
[15, 43]. A previous study reported that the negative effects of
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Figure 8: Index of differentiation for senescent myoblasts. The fusion indexes (a), maturation indexes (b), myotube sizes (c), and myotube
surface areas (d) of senescent myoblasts. The data are presented as the means ± SD, n = 3. Ap < 0 05: significantly different compared to
senescent control myoblasts on day 1, with a post hoc Tukey HSD test.
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palmitate and tumour necrosis factor-alpha (TNF-α) were
inhibited by n-3 PUFAs. They also promote differentiation
by activating anti-inflammatory pathways within satellite
cells [42, 44]. Tocopherol, which is also present in C. vulgaris,
was shown to help senescent myoblasts to reclaim the mor-
phology of young cells, increasing cell viability and decreas-
ing the expression of SA-β-gal [24]. These antioxidant
properties of C. vulgaris may be responsible for the promo-

tion of myoblast cell differentiation in both young and senes-
cent cells and, thus, the promotion of muscle regeneration,
which consequently leads to the reversal of muscle ageing.

5. Conclusions

C. vulgaris improves the regenerative capacity of young and
senescent myoblasts and promotes myoblast differentiation,
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indicating its potential in promoting muscle regeneration. It
may also act as an antiageing agent, as shown by its effects
on delaying replicative senescence in myoblast cells.
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Recent studies show that vitamin D deficiency may be responsible for muscle atrophy. The purpose of this study was to investigate
markers of muscle atrophy, signalling proteins, and mitochondrial capacity in patients with chronic low back pain with a focus on
gender and serum vitamin D level. The study involved patients with chronic low back pain (LBP) qualified for posterior lumbar
interbody fusion (PLIF). Patients were divided into three groups: supplemented (SUPL) with vitamin D (3200 IU/day for
5 weeks), placebo with normal levels of vitamin D (SUF), and the placebo group with vitamin D deficiency (DEF). The marker
of muscle atrophy including atrogin-1 and protein content for IGF-1, Akt, FOXO3a, PGC-1α, and citrate synthase (CS) activity
were determined in collected multifidus muscle. In the paraspinal muscle, IGF-1 levels were higher in the SUF group as
compared to both the SUPL and DEF groups (p < 0 05). In the SUPL group, we found significantly increased protein content for
pAkt (p < 0 05) and decreased level of FOXO3a (p < 0 05). Atrogin-1 content was significantly different between men and
women (p < 0 05). The protein content of PGC-1α was significantly higher in the SUF group as compared to the DEF group
(p < 0 05). CS activity in the paraspinal muscle was higher in the SUPL group than in the DEF group (p < 0 05). Our results
suggest that vitamin D deficiency is associated with elevated oxidative stress, muscle atrophy, and reduced mitochondrial
function in the multifidus muscle. Therefore, vitamin D-deficient LBP patients might have reduced possibilities on early and
effective rehabilitation after PLIF surgery.

1. Introduction

Skeletal muscle atrophy occurs when the normal balance
between synthesis and degradation of muscle structural
proteins is disturbed. Chronic low back pain (LBP), one of
the most prevalent musculoskeletal disorders in modern

society [1], leads to the atrophy of paraspinal muscles [2].
Muscle atrophy Fbox (MAFbx/atrogin-1), was identified as
a gene of muscle specific ubiquitin ligase (E3). This ligase,
along with muscle RING finger 1 (MuRF1), is responsible
for the degradation of the muscle structural proteins in
atrophied skeletal muscles that are caused by immobilization
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[3], disuse, dietary restriction, aging, cancer, etc. [4–6]. In
particular, these genes have been known to be significantly
responsible for muscle atrophy since their inhibition reduces
muscle atrophy caused by denervation. Additionally, they
have been shown to play a key role in the induction of muscle
atrophy in multiple animal disuse models [4, 5, 7]. Notwith-
standing this data, the exact mechanism underlying muscle
atrophy has not been fully elucidated.

LBP may be caused by different factors including the loss
of lumbar spinal stability through nonsufficient activation of
the deep lumbar stabilizing muscles such as the multifidus
muscle [8]. Hence, reduced activation of the multifidus
muscle is a major cause of its progressive muscle atrophy
and upregulation of atrogin-1 gene expression. The serine/
threonine-specific protein kinase (Akt)/forkhead box O3
(FOXO3) axis controls the expression of atrogin-1 gene [9].
FOXO transcription factors are thought to control half of
the genes identified in the molecular “common atrophy
blueprint” present in different atrophy types [10, 11]. Akt
is a protein kinase, which is important in signalling path-
ways involved in protein synthesis and skeletal muscle
growth [12]. Also, overproduction of reactive oxygen spe-
cies (ROS), disturbed redox status, and a weakened antiox-
idant defense system are known as the major contributing
factors toward atrophy [13]. Recently, we demonstrated
that vitamin D deficiency is associated with higher oxidative
stress and elevated activity of antioxidant enzymes in the
paraspinal muscle of patients with LBP [14].

Vitamin D seems to act as a multifunctional regulator in
skeletal muscle [15]. Vitamin D contributes to maintain
musculoskeletal health in healthy subjects as well as in
patients who display the combination of paraspinal muscle
wasting and weakness such as LBP patients [16]. Cross-
sectional studies found a positive association between
vitamin D status and total or appendicular muscle mass in
men and women [17–19]. The actions of the vitamin D
hormone are mediated by the vitamin D receptor (VDR),
a ligand-activated transcription factor that controls gene
expression [20, 21]. An increasing number of studies in both
nonhuman and human skeletal muscle cells report that the
actions of vitamin D are also mediated by the VDR located
within skeletal muscle cells [22–24]. Interestingly, the recent
study shows that pharmacologically induced muscle loss in
VDR-/- mice is greater in slow muscles, such as the multifidus
muscle, than in fast muscles [25]. The exact mechanism of
action of vitamin D in the muscle remains unknown.
Insulin-like growth factor 1 (IGF-1), an anabolic hormone,
has been shown to positively correlate with 25-hydroxy vita-
min D serum level [26]. Therefore, we assume that vitamin D
deficiency might be associated with downregulated IGF-1 in
the atrophied skeletal muscle. Recently, we have reported
that long term of vitamin D deficiency leads to VDR ablation,
oxidative stress, and consequence mitochondrial dysfunc-
tion, which induces muscle atrophy [27].

The purpose of this study was to estimate and compare
the levels of selected markers of muscle atrophy, signalling
proteins, and mitochondrial capacity in the skeletal muscles
of patients deficient in and with normal vitamin D level,
and patients supplemented with vitamin D or placebo.

Moreover, based on the recent data [14], we assumed that
the possible mechanism of vitamin D in the prevention of
muscle atrophy may be mediated through oxidative stress
and the IGF-1/Akt/FOXO3 pathway. Specifically, we propose
that muscle atrophy linked with serum vitamin D deficiency
is associated with a reduction of IGF-1 and deactivation and
activation of Akt and FOXO3. Furthermore, normalized
levels of serum vitamin D would ameliorate relative muscle
atrophy and maintain physiological mitochondrial function.

2. Materials and Methods

2.1. LBP Patients. The study population was previously
described by Dzik and coworkers [14]. Briefly, nineteen
women and nineteen men participated in the study. All
patients were Caucasian. Pregnant or lactating women were
not included. All patients had experienced chronic LBP
secondary to the degenerative disease and general instability
and were qualified for lumbar spine surgery utilizing static
or dynamic implants (posterior lumbar interbody fusion
(PLIF)). There were no significant differences in pain
duration and intensity between genders. In all cases, the
LBP causes were nonspecific and mechanical. All subjects
gave their informed consent for inclusion before they partic-
ipated in the study. The study was conducted in accordance
with the Declaration of Helsinki, and the protocol was
approved by the local institutional Bioethical Committee in
Gdansk (No. NKBBN/120/2012).

2.2. Study Design. The study design was previously described
by Dzik and coworkers [14]. Briefly, patients were randomly
assigned to the group supplemented with 3200 IU of
25(OH)D3/day for 5 weeks (SUPL, n = 14) or the placebo
group supplemented with vegetable oil. Blood samples were
taken at baseline and after 5 weeks of supplementation for
the determination of serum vitamin D concentration. Based
on serum vitamin D concentration, patients from the placebo
group were divided into two groups: the placebo group with
normal concentration of vitamin D (SUF, n = 10) with
25(OH)D3 level above 50 nmol/L and the placebo group with
vitamin D deficiency (DEF, n = 14) with 25(OH)D3 serum
level between 30 and 49 nmol/L [28]. After 5 weeks of supple-
mentation, multifidus muscle samples were obtained from all
the patients during PLIF surgery. Patients’ characteristics are
summarized in Table 1.

2.3. Blood Analysis and Collection. Blood samples were taken
at baseline and after 5 weeks of supplementation. The
samples were centrifuged at 2000 g for 10 min at 4°C. The
separated serum samples were frozen and kept at -80°C until
later analysis. The tubes containing the serum samples were
number-coded in order to blind the laboratory personnel
regarding the treatment group and the sequence of sample
collection. IGF-1 in serum was measured with an immu-
noassay kit (DG100, R&D Systems, USA) according to
the manufacturer’s instructions.

2.4. Human Muscle Sample. After 5 weeks of supplementa-
tion, multifidus muscle samples were obtained from all
patients during PLIF surgery. All muscle samples were
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taken between the tenth thoracic and fifth lumbar vertebrae.
40-150 mg multifidus muscle specimens were collected and
immediately frozen at -80°C.

2.5. Muscle Homogenization. The tissue samples were
reconstituted in ice-cold lysis buffer containing 50 mM
Tris-HCl, 1 mM EDTA, 1.15% KCl, 0.5 mM DTT, 0.2%
protease inhibitor cocktail (Sigma-Aldrich, P834), and phos-
phatase inhibitor tablets PhosSTOP (Roche, Italy). The final
homogenate concentration was 8%. The samples were centri-
fuged at 750 g for 10 min at 4°C, and the supernatant was
divided into serial aliquots for enzyme activity, enzyme-
linked immunosorbent assay (ELISA), and western blot
(WB) measurements. Samples for WB were centrifuged
at 16000 g and for ELISA at 5000 g. Protein concentra-
tion was determined using the Bradford protein assay
(Sigma-Aldrich, B6916) according to the manufacturer’s
instructions.

2.6. Assays: Muscle Analysis. Insulin-like growth factor 1
(IGF-1) and atrogin-1 in muscle homogenates were deter-
mined using immunoassay kits (IGF-1-SEA050Hu. Cloud
Clone Corporation; atrogin-1- EH4228, Fine Test), accord-
ing to the manufacturer’s instructions.

2.7. Mitochondrial Citrate Synthase Activity. Citrate synthase
(CS) activity was measured at 37°C according to De Lisio
et al. [29]. Briefly, 30 μl of supernatant (diluted to 4% final
concentration; 750 g) was added to 850 μl of buffer (0.1 M
Tris-HCl, 5 mM EDTA, 0.05% Triton-X100, pH 8.1), plus
100 μl of freshly made DTNB (1 mM), 10 μl acetyl-CoA
(10 μM), and 10 μl of freshly made oxaloacetic acid
(10 mM) to initiate the reaction. The reactions were con-
ducted in duplicate, and absorbance was read at 412 nm in
a spectrophotometer (CE9200, Cecil Instruments Limited,
Cambridge, UK). CS activity was expressed as nmol/min/mg
of protein.

2.8. Western Blotting. Equal amounts of total tissue lysates
were separated on either 4-20%, 30 μl Mini-PROTEAN
TGX™ gels (Bio-Rad Laboratories, USA) or 10% SDS-

polyacrylamide gel electrophoresis (SDS-PAGE) and trans-
ferred onto a polyvinylidene difluoride (PVDF) membrane.
The membranes were then blocked with a solution con-
taining 10 mM Tris-buffered saline, 0.05% Tween 20,
and 5% nonfat dry milk or 5% bovine serum albumin
(BSA) (Sigma-Aldrich) and then incubated with primary
antibodies including PGC-1α (Santa Cruz, sc-13067, dilution
1 : 500), Akt 1/2/3, (Santa Cruz, sc-8312, dilution 1 : 500),
P-Akt 1/2/3 (Ser473) (Santa Cruz, sc-7985-R, dilution
1 : 500), FoxO3a (Cell Signaling, 2497, dilution 1 : 500),
P-FoxO3a (Abcam, ab154786, dilution 1 : 500), Fbx32
(Abcam, ab168372, dilution 1 : 1000), and β-tubulin (Cell
Signaling, 2146, dilution 1 : 500) over night at 4°C. The
membranes were treated with secondary anti-rabbit and
anti-mouse antibody (dilution 1 : 20000) for 1 h at room
temperature. Following treatment with the appropriate sec-
ondary antibody, the bands were visualized using Image-
Quant LAS 500 (GE Healthcare). The changes in the
protein level were quantified by a densitometric method
using the LASImage software. β-Tubulin was used as a lane
loading control. The immunoblotting was performed at least
two times.

2.9. Statistical Analysis. Statistical analyses were performed
using a software package (Statistica v. 13.1, StatSoft Inc.,
Tulsa, OK, USA). The results are expressed as the mean ±
SEM. The differences between men and women in the
same group were tested by Student’s t-test. To identify sig-
nificant differences between groups, results were analyzed
by ANOVA followed by the Least Significant Difference
(LSD) test. Differences with a p value of at least p ≤ 0 05
were considered statistically significant.

3. Results

Data with patients’ serum 25(OH)D3 level before and after
the supplementation were previously published [14] and
are summarized in Table 1. Briefly, serum 25(OH)D3 level
was significantly different between the placebo groups, the
DEF and SUF groups, both before and after the supplemen-
tation period. Five weeks of supplementation with a daily

Table 1: Characteristics of LBP patients.

Age BMI 25(OH)D3 (nmol/L) Before 25(OH)D3 (nmol/L) After p

DEF (n = 14) 49 7 ± 2 6 30 3 ± 0 9 39 8 ± 2 4 38 2 ± 2 1 n.s

F (n = 6) 51 2 ± 5 2 28 0 ± 0 8 37 6 ± 4 2 36 9 ± 3 9 n.s

M (n = 8) 48 8 ± 2 5 32 3 ± 1 1 41 5 ± 3 0 39 1 ± 2 4 n.s

SUF (n = 10) 45 8 ± 3 1 27 9 ± 0 9 73 3 ± 2 9∗ 72 5 ± 6 8# n.s

F (n = 5) 45 8 ± 2 6 27 3 ± 1 4 71 5 ± 5 2∗ 72 1 ± 7 1# n.s

M (n = 5) 45 8 ± 6 0 28 5 ± 1 2 75 1 ± 3 1∗ 72 9 ± 12 5# n.s

SUPL (n = 14) 48 2 ± 2 8 28 5 ± 1 4 52 8 ± 3 0 86 6 ± 3 2 <0.005
F (n = 8) 50 5 ± 3 4 28 1 ± 1 9 50 8 ± 3 8 85 1 ± 4 0 <0.005
M (n = 6) 45 2 ± 4 9 29 4 ± 0 4 55 4 ± 4 9 88 7 ± 5 3 <0.005
Values are the means (±SEM). F: female; M: male. ∗p < 0 001—difference between the indicated result/mean and DEF and SUPL groups at the same time point.
#p < 0 001—difference between the indicated result/mean and DEF group at the same time point.
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dose of 3200 IU vitamin D3 raised serum vitamin D level
by an average of 53 nmol/L in the SUPL group and placed
the level of serum 25(OH)D3 above 87 nmol/L, which is
12 nmol/L higher than the level indicated as a threshold
for optimal vitamin D level for adults [28, 30].

Circulating IGF-1 content was significantly higher in the
SUF group as compared to both the DEF and SUPL groups
before and after the supplementation. Before the supplemen-
tation, serum IGF-1 content was 108 3 ± 4 2, 104 1 ± 6 3, and
132 6 ± 7 4 ng/mL in the SUPL, DEF, and SUF groups,
respectively (Figure 1(a), p < 0 05). After the supplementa-
tion, serum IGF-1 level was as 103 1 ± 6 5 ng/mL in the
SUPL group, 101 9 ± 7 3 ng/mL in the DEF group, and
129 7 ± 13 3 ng/mL in the SUF group (Figure 1(a), p < 0 05).
We did not observe any difference neither before and after
the supplementation nor between men and women in par-
ticular groups. Muscle IGF-1 concentration was the highest
in the SUF group, 71 9 ± 8 2 ng/mL. It was significantly
lower in the DEF and SUPL groups (Figure 1(b), p < 0 05).
The level of IGF-1 in the DEF group was 39 5 ± 9 8 and
41 8 ± 7 5 ng/mL in the SUPL group. We did not find any
difference between men and women in muscle IGF-1 levels.

Western blotting analysis of the muscle atrophy marker
Fbx32 (atrogin-1) showed that in the DEF atrogin-1 content
was 38.7% higher than in the SUP group and 22% higher
than in the SUF group (Figure 2(a)). The muscular concen-
tration of atrogin-1, measured with ELISA, was the highest
in the DEF group (35 7 ± 8 5 ng/mg protein). In the SUF
and SUPL groups, the content of atrogin-1 was 23 1 ± 2 6
and 24 8 ± 4 1 ng/mg, respectively (Figure 2(b)). There was
a significant difference in atrogin-1 muscle content between
men and women overall. Muscle atrogin-1 level was 50%
higher in women as compared to men (36 9 ± 5 4 ng/mg
and 17 9 ± 1 9 ng/mg, respectively). There was no difference
among men in atrogin-1 content in the muscle (15 9 ± 1 8,
23 4 ± 4 2, and 15 2 ± 3 4 ng/mg protein in the DEF,
SUF, and SUPL groups, respectively). However, there was

a difference observed among women between the three
groups. Women in the DEF group had significantly higher
atrogin-1 level as compared to those in the SUF group
(Figure 2(b), p < 0 05). Vitamin D-deficient women had an
average of 55 4 ± 12 7 ng/mg, and women sufficient in vita-
min D had an average of 22 7 ± 3 6 ng/mg. Among women
supplemented with vitamin D, the protein content of
atrogin-1 was 32 0 ± 5 6 ng/mg. Furthermore, women in
the DEF and SUPL groups had significantly higher atrogin-
1 content as compared to the corresponding groups of men
(Figure 2(b), p < 0 05). There was no difference between
men and women in the SUF group.

The activity of citrate synthase (CS) in the muscle, which
is commonly used as a marker of mitochondrial function
[31], was significantly higher in the SUPL group when com-
pared with the DEF group. In the SUF group, CS activity
tended to be higher than in the DEF group, but the difference
was not significant. The activity of CS in all patients was
67 7 ± 7 4, 61 5 ± 12 3, and 41 6 ± 4 5 nmol/min/mg of
protein in the SUPL, SUF, and DEF groups, respectively
(Figure 3, p < 0 05). Among women, we did not observe
any differences between the groups, whereas in men there
was significantly higher CS activity in the SUPL group when
compared with the DEF group (Figure 3, p < 0 05).

The protein content of the mitochondrial biogenesis
transcription factor—PGC-1α—was significantly higher in
the SUF group as compared to the DEF group (Figure 4,
p < 0 05). In the SUPL group, the PGC-1α content was
also higher than in the DEF group, but the difference
did not reach the significance.

To determine the possible mechanism of vitamin D on
muscle atrophy, we investigated the phosphorylation states
of Akt and FOXO3a. The protein content of phosphorylated
Akt (pAkt) and phosphorylated FOXO3a (pFOXO3a) was
similar in the DEF and SUF groups. In the SUPL group,
we observed significantly higher levels of pAkt (Figure 5,
p < 0 05) and decreased level of FOXO3a (Figure 6, p < 0 05).
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Figure 1: The level of IGF-1 in (a) serum and (b) skeletal muscle of LBP patients. Results were expressed as the mean ± SEM. (a) DEF
(n = 13), SUF (n = 9), and SUPL (n = 14). (b) SUF (n = 4), DEF (n = 6), and SUPL (n = 8). ∗p < 0 05—difference between the indicated
result/mean and DEF and SUPL groups at the same time point. #p < 0 005—difference between the indicated result/mean and DEF and
SUPL groups at the same time point.
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4. Discussion

The main findings of our study are that LBP patients with
serum vitamin D deficiency show attenuated CS activity,
increased content of atrogin-1, and decreased PGC-1α
protein content in the multifidus muscle. In addition, we
noticed higher IGF-1 content, in both serum and muscle,
in patients with sufficient vitamin D level. Moreover, we

observed significantly increased level of pAkt and decreased
level of FOXO3a in patients supplemented with vitamin D.
Together, our results suggest that the action of vitamin D in
the muscle may be triggered through either the Akt/FOXO3a
pathway or PGC-1α as a result of ROS generation.

Hitherto, the interplay between vitamin D and IGF-1, a
hormone which displays an anabolic effect on skeletal
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Figure 2: The level of atrogin-1 (Fbx32) visualized by representative western blotting (a) and measured with ELISA (b) in all LBP patients,
female and male in skeletal muscle. Changes in WB protein densitometry levels were normalized against β-tubulin. a.u.: arbitrary
units; F: female; M: male. Results were expressed as the mean ± SEM. (a) SUF (n = 6), DEF (n = 7), and SUPL (n = 6). (b) SUF
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∗p < 0 05—difference between the indicated result/mean and female SUF group. #p < 0 05—difference between the indicated result/mean
and men in the same group.
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muscle, has been well described in reference to their circula-
tion level. Wei and coworkers showed that IGF-1 caused an
increase in the blood levels of 1,25(OH)2D3, the hormonally
active vitamin D metabolite, by stimulating the expres-
sion and activity of the hydroxylase-1α that produces
1,25(OH)2D3 in the kidney [32]. Moreover, when vitamin

D was administered to humans, IGF-1 levels in the blood
increased [33]. On the other hand, another study showed that
one year of high-dose vitamin D supplementation did not
significantly alter serum IGF-1 among women at a high risk
of breast cancer [34] nor in prediabetes subjects [35]. Our
results revealed that patients in the SUF group had higher
serum IGF-1 level than patients in the DEF and SUPL
groups, both before and after the supplementation period.
Patients with normal vitamin D levels presented with
approximately a 20% higher IGF-1 serum concentration than
those deficient in vitamin D or those supplemented with it.
However, we did not observe any changes regarding supple-
mentation itself within particular groups. Muscle IGF-1
content was higher in patients with sufficient serum vitamin
D level as compared to the other groups, and this was consis-
tent with circulating IGF-1 level. Surprisingly, we did not find
any difference between patients supplemented with vitamin
D and patients deficient in it. Recently, Hayakawa and
coworkers showed that IGF-1 is not directly affected by
1,25(OH)2D3 in the skeletal muscle. They suggested that
vitamin D stimulated IGF-1 production in tissues other than
the skeletal muscle and that the induced IGF-1 could enter
systemic circulation and exert hypertrophic effects on the
muscle tissue or supportive effects on muscle function [15].
In this study, we showed elevated serum and muscle IGF-1
content in LBP patients sufficient in vitamin D. The lack of
an increase in IGF-1 in the SUPL group suggests that either
IGF-1 is not directly influenced by vitamin D or its induction
is time dependent. This raises an interesting point that
should be addressed in future studies. Notably, how long
sufficient vitamin D level must be present in circulation in
order to increase IGF-1 muscle content in humans who were
previously deficient in vitamin D? It is important to note that
we do not find any correlation between IGF-1 and atrogin-1,
which suggests that the mechanism of action of vitamin D on
skeletal muscle atrophy might involve other factors.

In the present study, we analyzed the muscle content of
atrogin-1 and showed that atrogin-1 was the highest in
patients deficient in vitamin D and lowest in patients suffi-
cient in it. Vitamin D supplementation seems to repel atro-
phic changes since we observed almost as low a content of
atrogin-1 in the SUPL group as in the SUF group. Notwith-
standing, these results are not significant when we consider
men and women together. The present study shows that
women and men respond differently to vitamin D deficiency
and supplementation. Men seem to be less responsive to
vitamin D in regard to paraspinal muscle atrophy. Notably,
among women, there was an elevated level of atrogin-1 in
the group deficient in vitamin D as compared to those
sufficient in it. It seems that vitamin D deficiency escalates
muscle atrophy among women. Our findings are consistent
with the latest study on the effect of long-term vitamin D
supplementation on the global transcriptomic profile which
showed that vitamin D regulates 3.2-fold more genes in
women than in men [36]. Hereby, we could detect a stronger
effect of vitamin D supplementation on gene expression in
women when compared to men. Moreover, we observed
almost the same level of atrogin-1 among women sufficient
in vitamin D as in women supplemented with vitamin D
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who were deficient in vitamin D at baseline and whose serum
vitamin D level increased to normal levels. This observation
may suggest a need for vitamin D supplementation for
women in order to delay the onset muscle atrophy.

Mitochondrial dysfunction in vitamin D-deficient indi-
viduals was attributed to intramitochondrial calcium defi-
ciency [37] or deficient enzyme function of the oxidative
pathway [38]. In the present study, we report that mitochon-
drial function was improved in patients supplemented with
vitamin D and those with normal levels of vitamin D as
compared with patients deficient in it. The activity of CS
was 32% lower in the DEF group than in the SUF group
and 38% lower compared to the SUPL group. Our data are
consistent with the studies undertaken in symptomatic,
vitamin D-deficient individuals, which showed that vitamin
D therapy augmented muscle mitochondrial maximal
oxidative phosphorylation after exercise [39] and increased
skeletal muscle CS activity and exercise-mediated cardiore-
spiratory fitness [40]. Also, recent studies of Ryan and
coworkers demonstrated an increased oxygen consumption
rate of skeletal muscle cells after treatment with vitamin D,
indicating vitamin D action in the regulation of mitochon-
drial oxygen consumption and dynamics [41]. In addition,
our study shows that CS activity was the highest in the SUPL
group among men and women as well, when compared with
other groups of the same sex. Both women and men in the
DEF group had the lowest CS activity among other groups
within the same sex. We also found lower protein content
of PGC-1α, a transcriptional coactivator involved in the
formation of slow-twitch fibers and mitochondria biogenesis
[42]. This suggests that vitamin D induces PGC-1α synthesis
and thus may be involved in mitigating muscle atrophy
through enhanced mitochondrial function. Although it is
well established that the decrease in protein synthesis con-
tributes to disuse atrophy, to date, there has been no data
suggesting that PGC-1α signalling directly mediates protein
synthesis pathways [43]. However, PGC-1α transcriptional
activity was shown to prevent muscle protein degradation.
This was firstly demonstrated by Sandri and coworkers,
who showed that overexpression of PGC-1α in mice pre-
vented denervation-induced muscle atrophy by preventing
the expression of key genes in the ubiquitin proteasome
pathway and autophagy [44]. Also, a study on human
skeletal muscle showed that PGC-1α mRNA is signifi-
cantly downregulated during both the early and late phases
of immobilization-induced muscle atrophy [45]. What is
more, the expression of PGC-1α in skeletal muscle protects
from age-related and denervation-induced muscle atrophy,
as well as delays the onset of mitochondrial myopathies
[46]. Recently, we demonstrated that vitamin D deficiency
caused oxidative stress and higher activity of antioxidant
enzymes: manganese superoxide dismutase (MnSOD) and
glutathione peroxidase (GPx) in the muscle [14]. Taken
together, the lower activity of CS and decreased PGC-1α
protein content and a higher activity of MnSOD in the
muscle indicate impaired mitochondrial function in vitamin
D-deficient LBP patients.

As mentioned above, vitamin D acts through the VDR.
VDR gene expression is known to be regulated by a variety

of hormones including parathyroid hormone, retinoic acid
[47], and glucocorticoids [48]. Also, a recent study on HuLM
cells showed that estrogen inhibits VDR and that vitamin D
has the potential to suppress the expression of estrogen
receptor-α [49]. Another study reported that 16 weeks of
vitamin D intervention induced a 20% increase in human
skeletal muscle VDR gene expression in older, mobility-
limited, vitamin D-insufficient women [50]. Previously, we
presented that VDR muscle content was higher in patients
sufficient and supplemented with vitamin D. Furthermore,
we showed that lower content of VDR in patients with
vitamin D deficiency evokes ROS generation with higher
markers of lipid and protein peroxidation as well as increased
muscle antioxidant enzyme activity [14]. In order to investi-
gate the possible link between vitamin D and muscle atrophy,
we examined PGC-1α, FOXO3a, and Akt muscle protein
content. FOXO proteins are an important factor in muscle
atrophy, which induce the expression of proteasomal genes,
MuRF1 and atrogin-1. It is important to note that elevated
PGC-1α content, besides its function in mitochondrial bio-
genesis, prevents transcriptional activity of FOXO3a [44],
and therefore, the mitochondria might be involved in the
progression of skeletal muscle atrophy.

Akt blocks the function of FOXO3 by phosphorylation of
conserved residues, leading to their sequestration in the
cytoplasm away from target genes [51]. Phosphorylated
FOXO3a does not translocate to the nucleus, and conse-
quently, the expression of atrogin-1 and MuRF, both target
genes of FOXO, is inhibited. It was shown that FOXO3might
also be regulated by the action of peroxisome proliferator-
activated receptor gamma coactivator 1-alpha (PGC-1α)
[44], which is widely accepted to be the master controller of
mitochondrial biogenesis as well as a regulator of many genes
involved in energy metabolism [52]. In the present study, we
found increased levels of Akt and decreased protein content
of FOXO3a in the group supplemented with vitamin D as
compared to the DEF and SUF groups. Moreover, we
observed higher protein content of PGC-1α in the muscle
of LBP patients with normal vitamin D level and after supple-
mentation with vitamin D. This observation suggests that
both vitamin D sufficiency and vitamin D supplementation
may contribute to the reversion of atrophic changes. The
possible mechanism of action of vitamin D in the skeletal
muscle still needs to be addressed in future studies. Accord-
ing to one proposed model, in cases of muscle atrophy
associated with disuse, decreases in IGF-1 cause the
inhibition of Akt and dephosphorylation of FOXO3a.
Dephosphorylated FOXO3a translocates to the nucleus and
promotes the expression of atrogin-1 and MuRF1 and subse-
quently accelerates the degradation of muscle proteins [10].
Our data confirms that the possible action of vitamin D in
the prevention of muscle atrophy may be mediated through
the IGF-1/Akt/FOXO3a pathway. Nevertheless, with no
changes in serum IGF-1 in the supplemented patients, our
observations indicate that PGC-1α and mitochondria may
play a crucial role in muscle atrophy through regulating
mitochondrial function. Also, as mentioned above, PGC-1α
might inactivate FOXO3a and therefore contribute to resist-
ing muscle atrophy and restore the physiological functions of
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the mitochondria. Moreover, it was shown that FOXO3a
activation caused the upregulation of MnSOD gene expres-
sion and downregulation of mitochondrial gene expression
[53]. Our previously published data confirms this observa-
tion. We reported increased MnSOD activity in vitamin
D-deficient patients. Taken together, our findings show
that the action of vitamin D may be mediated through
the IGF-1/Akt/FOXO3 pathway or through PGC-1α and
FOXO3a independently (Figure 7).

In summary, we show that vitamin D deficiency is associ-
ated with attenuated CS activity, decreased protein content of
PGC-1α, and previously published oxidative stress in the
multifidus muscle of LBP patients [14]. We detected
increased protein content of atrogin-1, in the muscle of
women with lower vitamin D level. These results suggest that
vitamin D deficiency induces muscle atrophy and reduces
mitochondrial function in the paraspinal muscle. In addition,
we observed higher IGF-1 content in both serum and muscle
in patients with sufficient vitamin D level. Our results suggest
that the action of vitamin D in the muscle may be triggered
through either the Akt/FOXO3a pathway or PGC-1α and
mitochondria. Supplementation with vitamin D to sufficient
serum vitamin D level in LBP patients increased mitochon-
drial function and inhibited muscle atrophy in the multifidus

muscle, and it may have a beneficial impact on an effective
early rehabilitation in LBP patients. However, future studies
on muscular function should also consider the supplementa-
tion of patients sufficient in vitamin D and patients with
different BMI and age for better understanding of the mech-
anism of vitamin D function. There should be patients’ strat-
ification according to BMI and different hormonal and
physiological gender responses.
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Figure 7: The vitamin D action in the skeletal muscle under the vitamin D deficiency conditions. Bold lines represent established pathways
confirmed with our results while thin lines represent possible interactions as a result of vitamin D deficiency. Vitamin D deficiency decreases
IGF-1 and PGC-1α via VDR—the nuclear receptor. IGF-1/Akt/FOXO3a signalling cascade triggers the muscle atrophy through atrogin-1.
ROS generation causes the inhibition of PGC-1α and potentially activates FOXO3a thus inducing the muscle atrophy through atrogin-1.
The lower protein content of PGC-1α directly aggravates mitochondrial biogenesis and function and may cause the oxidative stress.
Furthermore, mitochondria are both the source and target of ROS generation. We assume that vitamin D deficiency induces oxidative
stress, which is involved and played an important role in muscle atrophy and leads to mitochondrial dysfunction.
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Aging is associated with reduced muscle mass (sarcopenia) and poor bone quality (osteoporosis), which together increase the
incidence of falls and bone fractures. It is widely appreciated that aging triggers systemic oxidative stress, which can impair
myoblast cell survival and differentiation. We previously reported that arginase plays an important role in oxidative stress-
dependent bone loss. We hypothesized that arginase activity is dysregulated with aging in muscles and may be involved in
muscle pathophysiology. To investigate this, we analyzed arginase activity and its expression in skeletal muscles of young and
aged mice. We found that arginase activity and arginase 1 expression were significantly elevated in aged muscles. We also
demonstrated that SOD2, GPx1, and NOX2 increased with age in skeletal muscle. Most importantly, we also demonstrated
elevated levels of peroxynitrite formation and uncoupling of eNOS in aged muscles. Our in vitro studies using C2C12 myoblasts
showed that the oxidative stress treatment increased arginase activity, decreased cell survival, and increased apoptotic markers.
These effects were reversed by treatment with an arginase inhibitor, 2(S)-amino-6-boronohexanoic acid (ABH). Our study
provides strong evidence that L-arginine metabolism is altered in aged muscle and that arginase inhibition could be used as a
novel therapeutic target for age-related muscle complications.

1. Introduction

Aging is associated with reduced muscle mass (sarcopenia)
and strength (dynapenia), which can increase the incidence
of falls and bone fractures [1]. As the number of older adults
continues to increase, the problem of muscle loss becomes a
significant public health concern [1–3]. Falls and fractures
in turn lead to prolonged disability, poor quality of life, and
significant financial burden [4]. It is widely appreciated that

aging triggers systemic oxidative stress, which can impair
myoblast differentiation and cell survival, which also leads
to muscle loss [5, 6]. Recent studies have shown that elevated
levels of reactive oxygen species (ROS) have deleterious
effects on the musculoskeletal system and are critical in
muscle-related pathophysiology [5–10]. At the molecular
level, generation of ROS elicits a wide range of effects on cells
such as autophagy, cell differentiation and proliferation
arrest, DNA damage, and cell death by activation of

Hindawi
Oxidative Medicine and Cellular Longevity
Volume 2019, Article ID 1704650, 9 pages
https://doi.org/10.1155/2019/1704650

http://orcid.org/0000-0003-2246-3121
http://orcid.org/0000-0002-3510-6759
https://creativecommons.org/licenses/by/4.0/
https://creativecommons.org/licenses/by/4.0/
https://doi.org/10.1155/2019/1704650


numerous cell signaling pathways [5, 6]. We previously
reported that oxidative stress decreases cell attachment, pro-
liferation, and migration of bone marrow stromal cells and
antioxidant supplementation can reverse these effects [11].

We recently reported that bone marrow stromal cells
express arginase 1 (ARG1) and its expression is regulated
by high glucose [12]. Arginase is an enzyme which metabo-
lizes L-arginine to form urea and L-ornithine in the urea
cycle. There are two known arginase isoforms: arginase 1
(ARG1) and arginase 2 (ARG2). ARG1 is a cytosolic enzyme
and is expressed most abundantly in the liver where it plays a
vital role in the urea cycle, while ARG2 is located in mito-
chondria of various cell types [13]. Arginine is a semiessential
amino acid which is the substrate for both nitric oxide
synthase (NOS) and arginase enzyme. ARG1 is known to
regulate oxidative stress in various degenerative diseases by
modulating nitric oxides (NO) [14–16]. Recent studies indi-
cated that NO is one of the important therapeutic targets
for a number of cardiovascular and age-related diseases
[17–19]. Our laboratory previously reported that ARG1
expression is elevated in diabetic bone and bone marrow
[12]. Furthermore, diabetic bones were osteoporotic in
nature. Interestingly, we found that treatment with the
ARG1 inhibitor improved the quality of diabetic mice [12].
Based on our previous studies, we speculate that ARG1
becomes dysregulated in aged muscle. Until now, little is
known about the role of oxidative stress in ARG1 regulation
in aging muscle.

In the present study, we investigated the arginase activity
and arginase 1 expression in aged muscles. We also analyzed
the expression of important oxidative stress-related signaling
molecules in muscles of aged mice. Furthermore, we per-
formed in vitro studies on the myoblast cell line (C2C12)
and arginase inhibitor (ABH) to investigate the role of
arginase in myoblast pathophysiology. We found elevated
levels of ROS accumulation and ARG1 expression/arginase
activity and uncoupling of eNOS in aged muscles. Addition-
ally, our in vitro studies showed that the arginase inhibitor
prevented the formation of ROS accumulation and NOS
uncoupling in myoblasts and improves the physiological
health of myoblast cells.

2. Material and Methods

2.1. Animal Preparation and Experimental Design. All animal
protocols were approved by the Institutional Animal Care
and Use Committee at Augusta University. Male C57BL/6
mice from 3 months and 22 months of age (10 mice per
age group) were obtained from the aged rodent colony at
the National Institute on Aging. Animals were housed in a
12 h light/dark cycle and had free access to food and water
throughout the study. Mice were sacrificed, and the quadri-
ceps muscle was dissected free from the hindlimb and used
for protein isolation for arginase activity, western blot, and
RNA isolation.

2.2. Arginase Activity Assay. Muscle homogenate lysates
were prepared in Tris buffer (50mM Tris HCl, 0.1mmol/L
EDTA and EGTA (pH 7.5), containing protease inhibitors)

and were used for the arginase activity assay as previously
described [12]. Briefly, 25μL of 10mM MnCl2 was added
to 25μL of homogenates (cell or tissue) and heated at
57°C for 10min to activate arginase. Next, 50μL of 0.5M
L-arginine was then added to the reaction tube and incu-
bated at 37°C for 1 h, and 400μL of acid mixture
(H2SO :H3PO4 :H2O in a ratio of 1 : 3 : 7) was added to stop
the reaction. Then, 25μL of 9% a-isonitrosopropiophenone
(in ethanol) was added, and the mixture was heated for
45min at 100°C and placed in the dark for 10min to
develop color. Arginase activity was measured by loading
200μL of the reaction mixture in a 96-well plate, and
absorbance was read at 540nm.

2.3. Isolation of RNA, Synthesis of cDNA, and Real-Time PCR.
Real-time PCR was performed as per our published method
[11, 12]. Total RNA was isolated from the quadriceps mus-
cles of mice. The muscle was homogenized and dissolved in
TRIzol. RNA was isolated using the TRIzol method following
the manufacturer’s instructions, and the quality of the
RNA preparations was monitored by absorbance at 260
and 280 nm (Helios Gamma, Thermo Spectronic, Rochester,
NY). The RNA was reverse-transcribed into complementary
deoxyribonucleic acid (cDNA) using iScript reagents from
Bio-Rad on a programmable thermal cycler (PCR Sprint,
Thermo Electron, Milford, MA). The cDNA (50 ng) was
amplified by real-time PCR using a Bio-Rad iCycler and
ABgene reagents (Fisher Scientific, Pittsburgh, PA) and
ARG1 primers [12]. Glyceraldehyde-3-phosphate dehydro-
genase (GAPDH) was used as the internal control for
normalization.

2.4. Western Blot Analysis. Protein was extracted from quad-
riceps muscle and cell culture lysate, subjected to SDS-PAGE,
and transferred to nitrocellulose membranes. Membranes
were incubated with a polyclonal antibody against glutathi-
one peroxidase (GPx1), superoxide dismutase (SOD2) (Santa
Cruz Biotechnology, Santa Cruz, CA), NOX2, 3-NT, eNOS
(Santa Cruz Biotechnology, Santa Cruz, CA), and GAPDH
(Santa Cruz Biotechnology, Santa Cruz, CA) overnight at
4°C, followed by incubation with an appropriate secondary
antibody. Proteins were visualized with an ECL western blot
detection system (Thermo Scientific, Waltham, MA). For
detection of eNOS dimers, we ran a low-temperature SDS-
PAGE (LT-PAGE) gel using reported procedures [20] with
slight modification. The protein lysates were prepared using
1× Laemmli buffer without 2-mercaptoethanol. The samples
were then subjected to SDS-PAGE with 7.5% gel and run at a
low temperature by keeping the buffer tank surrounded by
ice. The gels were transferred, and the blots were probed as
described above.

2.5. Arginase Inhibitor Prevents C2C12 Cells from Oxidative
Stress Damage. C2C12 cells were cultured and pretreated
with or without the arginase inhibitor ABH (100μM) for
4 h followed by hydrogen peroxide (100μM) treatment alone
or in combination with ABH for 24h. Arginase activity,
RT-PCR, MTT assay, and staining were performed as
described below. Superoxide and hydrogen peroxide levels
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were detected in culture cells with dihydroethidium (DHE)
staining dye as previously described [21, 22]. C2C12 cells
were incubated with the DHE dye mentioned above in PBS
for 30min at 37°C. Fluorescence was monitored using a
fluorescence microscope at 20x magnification.

2.6. Cell Survival Assay. To investigate the effect of oxidative
stress on C2C12 cell survival, the CellTiter 96® AQueous One
MTS Cell Assay kit (Promega, G3580) was used as per the
published method [23, 24]. After cell culture treatment (as
described above), cells were washed twice with PBS and
150μL of MTS (CellTiter 96® AQueous One Solution
Reagent, Promega) assay buffer was added. Cells were then

incubated for 2 h at 37°C in a humidified 5% CO2 incubator.
Optical density (OD) was read at 490 nm.

2.7. Statistical Analysis. GraphPad Prism 5 (La Jolla, CA) was
utilized to perform one-way ANOVA with Bonferroni
pairwise comparison or unpaired t-tests as appropriate. A
p value of <0.05 was considered significant.

3. Results

3.1. Elevated Level of Arginase Activity and Expression in
Aged Muscles.Our published data demonstrated that chronic
oxidative stress increased arginase activity in various disease
conditions [12, 21, 22]. We hypothesized that arginase
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Figure 1: Aging increases arginase activity and mRNA expression in muscles. (a) Arginase activity was determined using an assay for urea
formation in muscle lysates from young and old muscles, and (b) real-time PCR analysis of Arg1 mRNA in young and old mice. Data for each
sample were normalized to GAPDH mRNA and represented as the fold change in expression compared to young mice. Results are
means ± SD (n = 5-6 #p < 0 01); data were analyzed using an unpaired t-test.
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Figure 2: Elevated level of oxidative stress in young and old mouse muscles. (a) Representative western blots of protein extracted from young
and old muscle samples. Densitometry quantification of (b) SOD2, (c) NOX2, and (d) GPx1. Values are normalized to the expression levels of
the housekeeping gene GAPDH. Results are means ± SD (n = 5-6, ∗p < 0 05, #p < 0 01); data were analyzed using an unpaired t-test.
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expression and activity became dysregulated in aged mus-
cles. Our data showed that this is indeed the case that
arginase activity (p value = 0.01) and arginase 1 expression
(p value = 0.01) were significantly elevated in 22-month-
old aged muscle (Figure 1). Previously, our group reported
that muscle mass declined significantly between 18 and
24 months of age [25].

3.2. Elevated Level of Oxidative Stress in Aged Muscle. To
evaluate the activities of the antioxidant defense system in
aged muscles, we determined the level of superoxide dis-
mutase 2 (SOD2) and glutathione peroxidase 1 (GPx1).
SOD2 and GPx1 are antioxidant enzymes that play a vital
role in the suppression or prevention of the formation of
free radical or reactive species in cells and tissues [26, 27].
Our western blot data showed that SOD2 (p value = 0.05)
and GPx1 (p value = 0.001) antioxidant enzymes significantly
(p value = 0.04) increased in the muscle from 22-month-old
mice compared to 3-month-old young animals [28, 29].

NADPH oxidase is one of the important enzymes known
for generation of reactive oxygen species with age [28, 29].
We analyzed NOX2 (gp91-phox) levels in young (3 months)
and old (22 months) mouse muscle samples. We found a
significant (p value = 0.039) increase in NOX2 level in old
muscles compared to young muscles (Figure 2).

3.3. Increased Peroxynitrite and ROS in Aging Muscles. Aging
affects the ROS and reactive nitrogen species (RNS)

homeostasis, which leads to musculoskeletal-related compli-
cations. ROS and RNS play important roles in various age-
related diseases including sarcopenia [5, 6, 8–10]. We inves-
tigated the RNS status in aged muscle using 3-nitrotyrosine
(3-NT), a specific marker for reactive nitrogen species [30].
Our data demonstrated that 22-month-old muscles have sig-
nificantly (p value = 0.0041) higher levels of 3-NT com-
pared to young muscles (Figures 3(a) and 3(b)). Elevated
levels of 3-NT in aged muscles suggest activation of the
nitrating pathway and production of increased reactive
nitrogen intermediate products.
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(n = 5-6, ∗p < 0 05, #p < 0 01); data were analyzed using an unpaired t-test.
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3.4. Dysregulation of the Monomer-to-Dimer Ratio
(Uncoupling) of eNOS in Aged Mouse Muscles. Previously,
eNOS uncoupling is related to several age-related diseases
[20, 31–33]. We hypothesized that eNOS might be
uncoupled because of the elevated level of oxidative stress
in aged muscles. We analyzed the eNOSmonomer and dimer
in young and old muscles using a low-temperature SDF-
PAGE gel. We found significant (p value = 0.04) uncoupling
of eNOS in aged muscles (Figures 3(a) and 3(c)). The ratio of
eNOS monomer to dimer was significantly higher in aged
muscles compared to young muscles (Figures 3(a) and 3(c)).

3.5. Oxidative Stress Regulates Arginase Activity in Myoblasts
(C2C12 Cells). Our data (Figure 1) demonstrates that
arginase activity and ARG1 expression are upregulated in
muscles with aging. To further demonstrate the role of argi-
nase in oxidative stress-dependent myoblast biology and cell
survival, we treated C2C12 cells with hydrogen peroxide
(oxidative stress) and estimated arginase activity. We found
significantly (p value = 0.01) elevated levels of arginase
activity in H2O2-treated cells (Figure 4). Based on this data,
we hypothesized that an arginase inhibitor might prevent
cells from the harmful effects of oxidative stress. We sub-
jected cells to oxidative stress in the presence or absence of

the arginase inhibitor (ABH), performed a cell survival assay,
and investigated cell apoptotic markers. The cell survival
assay was performed using theMTS assay, in which we found
a dose-dependent significant (p value = 0.001) decrease in the
C2C12 cell number in oxidative stress samples, and the
arginase inhibitor prevents cell death (p value = 0.001)
(Figure 5(a)). Western blot analysis of the apoptotic marker
(cleaved PARP) showed a significant (p value = 0.01) increase
in cleaved PARP in the presence of oxidative stress.
Treatment with the arginase inhibitor prevented this effect
(Figures 5(b) and 5(c)).

3.6. Arginase Inhibitor Prevents Superoxide Radical
Formation in C2C12 Cells. To assess the involvement of
arginase in myoblasts during oxidative stress, we performed
in vitro studies using C2C12 cells. C2C12 cells were cultured
and treated with H2O2 to induce oxidative stress in the
presence or absence of the arginase inhibitor (ABH) and
stained with DHE staining dye. Dihydroethidium (DHE) is
a cell-permeable dye that reacts with a superoxide anion
and forms a red fluorescent product [34]. Our data showed
increased red fluorescence in oxidative stress-subjected
samples. Increased fluorescence of DHE staining in the
cells revealed increased superoxide radical formation.
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Figure 5: Arginase inhibitor prevents C2C12 cells from oxidative stress damage. (a) C2C12 cells were treated with H2O2 (50 and 100μM) in
the presence or absence of ABH (100 μM) for 24 h. MTS analysis was performed after 24 h following treatment. (b) Representative western
blots for total PARP and cleaved PARP on C2C12 cells. (c) Densitometry ratio of total PARP and cleaved PARP. Values are normalized to
the expression levels of the housekeeping gene GAPDH. Data were analyzed by one-way ANOVA followed by the Bonferroni post hoc
test (#p < 0 01, n = 8).
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Furthermore, treatment with ABH (Figure 6) prevented the
increase in DHE fluorescence indicating the prevention of
superoxide production in cells.

4. Discussion

Aging affects the homeostasis of ROS, which is characterized
by the increased accumulation of intracellular hydrogen
peroxide/RNS and decreased antioxidant properties of cells/
tissues. Imbalance (generation and elimination) in the
homeostasis of ROS leads to musculoskeletal pathophysiol-
ogy, such as muscle atrophy and fibrosis [6, 35]. When
ROS levels are above the physiologic level, cells respond to
stress through compensatory mechanisms by increasing
antioxidant signaling to prevent the damaging effects of
ROS. In chronic stress conditions, such as aging, ROS
levels continue to increase while antioxidant systems
become hampered, leading to muscle atrophy and fibrosis.
Previously, our group and others have shown accumula-
tion of reactive oxygen species and muscle loss with age
[6, 25, 35–38]. We hypothesized that with aging, elevated
levels of oxidative stress increase arginase activity and
ARG1 expression in muscle.

In this study, we analyzed the expression of arginase 1
and its activity in young and aged muscles. Our study is the
first to demonstrate both arginase activity and expression
elevation with age in muscles. Recently, we demonstrated
the elevated levels of oxidative stress and ARG1 expression
in diabetic mouse bone and bone marrow [12]. Furthermore,

our group also demonstrated ARG1 dysregulation in various
tissues and organs of diabetic and hypertension disease
models [12, 21, 22, 39–42].

Previously, our group reported that NADPH oxidase 2
(NOX2) activation led to elevated ROS and ARG1 expression
and activity in diabetic retinal endothelial dysfunction [43].
NADPH oxidase plays an important role in the production
of superoxide free radicals to protect cells from foreign
microorganisms [44]. Controlled regulation of NADPH
oxidase is important to maintain the health level of ROS.
Chronic stress continuously elevates NADPH oxidase, which
is harmful for cells and induces degenerative effect [43]. We
speculate that NADPH oxidase 2 expression might be
affected by aging. To investigate this, we assessed the expres-
sion of NADPH oxidase 2 (NOX2). As expected, we found
elevated level of NOX2 expressed in aged muscles compared
to young muscles. Whitehead and his group [45] previously
reported elevated NADPH oxidase expression in tibialis
anterior muscles from dystrophic (mdx) mice. Similar results
were also reported by Heymes et al. [46] in the pathophysiol-
ogy of human congestive heart failure. We hypothesized that
aging-induced oxidative stress (e.g., NOX2) elevates arginase
expression, thus limiting L-arginine bioavailability and
reducing NO production in muscle. Elevated arginase activ-
ity can limit the bioavailability of L-arginine to NOS causing
its uncoupling, which results in less NO formation and more
superoxide (O2⋅-) production. The NO rapidly reacts with
O2⋅- to produce peroxynitrite (ONOO-), another potent
oxidant [47]. It has been well established that peroxynitrite
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Figure 6: Fluorescence microscopy images show that the arginase inhibitor prevents the accumulation of ROS in C2C12 cells. C2C12 cells
were treated with H2O2 (50 μM) in the presence or absence of ABH (100 μM) for 24 h. ROS production was detected by DHE staining.
Representative fluorescent images show that the arginase inhibitor prevents the accumulation of ROS in C2C12 cells.
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participates in oxidation reactions, which results in the
modification of amino acid residue of proteins (protein tyro-
sine nitration) leading to degenerative changes [48, 49]. We
speculate that in aged muscles, peroxynitrite level might be
higher than that in young muscles. We analyzed the presence
of 3-nitrotyrosine (3-NT) in young and old muscles, which
indirectly measures the presence of peroxynitrite [50]. We
found increased level of 3-NT in aged muscle compared to
young muscle. Pearson et al. [51] also reported similar
findings with ours showing elevated level of 3-NT in gastroc-
nemius muscles of old mice.

Formation of peroxynitrite and superoxide affects eNOS
uncoupling in various age-related diseases [20, 31–33]. In
this study, we demonstrated that the eNOS monomer-to-
dimer ratio is disturbed in aged muscles. To the best of our
knowledge, ours is the first study to directly demonstrate
eNOS uncoupling in aged muscle. Low-temperature SDF-
PAGE gel demonstrated a higher eNOS monomer-to-dimer
ratio in aged muscles. For the effective function of eNOS,
dimerization of eNOS is required, which catalyzes the
L-arginine to generate NO [52]. Our in vitro data further
confirm the above findings; we used mouse myoblast
(C2C12) cell lines to perform these studies. Subjecting
C2C12 cells to oxidative stress resulted in elevated level of
ROS and arginase activity, and pretreatment with the
arginase inhibitor reversed the effects suggesting the role
of arginase in myoblast pathophysiology. We also found
that oxidative stress decreases C2C12 cell survival and
increases cell apoptosis, while the arginase inhibitor pre-
vented this effect.

Overall, our study showed that aging elevates arginase
activity, which contributes to less NO production due to
competition for L-arginine and eNOS uncoupling. Further
studies are needed to fully understand the mechanism of
age-induced increases in arginase activity and its specific role
in uncoupling of eNOS. Our study demonstrated that limit-
ing arginase activity in muscle with aging can prevent or slow
down the degenerative effect. Further studies are needed to
investigate the therapeutic role of the arginase inhibitor in
age-related muscle loss/complications. The aging population
is at increased risk of falls and fractures due to low muscle
mass and strength [1–3]. As the number of older adults
continues to increase, the problem of muscle loss becomes a
significant public health concern. Our study outcome has a
significant translational impact because it suggested that the
arginase inhibitor could be used as a novel therapeutic target
for age-related muscle loss.
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