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Novel nanobiomaterials are increasingly gaining ground in bioengineering research. Among the numerous biomaterials, collagennanobiomaterials, such as collagen thin films, are of great interest since they present a wide range of applications in the fields of
biomaterials, tissue engineering, and biomedicine. Collagen type I is the most abundant protein within extracellular matrix and,
due to its unique characteristics, is widely used as biomaterial. A thorough characterization of the structure and properties of
nanomaterials can be achieved by Atomic Force Microscopy (AFM). AFM is a very powerful tool which can be used to obtain
qualitative or quantitative information without destroying the collagen fibrillar structure. This mini review covers issues related
to the use of AFM for studying the structure and mechanical properties of collagen-based nanobiomaterials, collagen-substrate
interactions during the formation of collagen thin films, collagen-cells interactions, and the collagen-optical radiation interactions.

1. Introduction
The development of nanobiomaterials and nanotechnologybased methods is cutting edge research in many disciplines
having multiple applications such as functional surfaces and
biosensors, while they can be used as extracellular matrix
models. Collagen-nanobiomaterials, such as collagen thin
films, are of great interest since they have broad applications in the fields of biomaterials, tissue engineering, and
biomedicine.
Collagens comprise almost 30% of total cell protein in
mammalian cells and they have been identified among the
most promising biomaterials for the formation of novel bioengineering interventions [1–3]. Although the superfamily of
vertebrate collagen includes over 50 collagen and collagen
like proteins [4, 5], collagen type I presents great interest
due to its particular characteristics, such as ability for selfassembly, biocompatibility, biodegradability, and nontoxicity
[6]. Collagen type I is the most abundant protein in mammals
and is the major protein in the extracellular matrix [7] and its
importance in vertebrate biology is crucial [8]. It is fibrous
in nature, and its molecule consists of three amino acid
chains that form rod-shaped triple helices assembled to form
fibrils [4, 9]. These fibrils are then aligned to form more
complex structures, like bundles and fibers (see Figure 1(a))

[4, 7, 9]. Collagen molecules are packed in a quarterstaggered fashion which gives rise to a repeating banding
pattern the so-called D-periodicity or D-band, of about
67 nm (see Figure 1(b)) [1, 5, 10, 11]. The exact length of the Dband depends on the tissue [1, 5, 12, 13]. It has been reported
that the transverse D-banding periodic pattern is key player
concerning fibril mechanical properties, while it has been
correlated with pathological conditions and it is believed to
play a significant role in cell-collagen interactions [12–15]. For
instance, a strong correlation between the orientation of Dband and cell elongation has been reported [14]. Collagen
type I fibrils are the elementary building blocks in many
collagen-rich tissues [16, 17] and collagen has a wide range
of functions, from tissue mechanical strength and scaffolding
to cell migration and tissue repair [1, 4, 18]. Collagen presents
different morphologies in different tissues [1]. For instance,
in skin dermis, collagen is in the form of loosely interwoven,
wavy, randomly oriented, and loosely packed bundles while
in tendon, collagen has a uniform distribution of fibril
diameters with a lateral packing [19]. Ubiquitous within the
extracellular matrix, collagen acts to maintain the shape and
integrity of tissues [1].
The control of collagen self-assembly process enables
the formation of collagen-based biomaterials that can serve
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Figure 1: (a) The collagen structure from amino acid sequence to fibril. In this panel the amino acid sequence, the collagen molecule, the
packing of collagen molecules, and the structure of a collagen fibril are presented. (b) A collagen fiber D-band periodicity from a collagen
thin film imaged using Atomic Force Microscope (CPII Veeco-Bruker Microscope) in tapping mode.

as an in vitro model of different collagen-rich tissues. In
order to enhance collagen biomaterials performance and
their possible applications a thorough characterization of
their structure and properties is required at a nanoscale level.
Such a characterization can be performed by Atomic Force
Microscopy (AFM) (see Figure 2) [20, 21]. AFM is a scanning
probe microscope (SPM) that records interactions between a
probe (the AFM tip) and the sample surface. Since its invention in 1980s, it has become a fundamental technique in the
fields of surface and biomedical science. AFM is unique and
has several advantages over the other microscopy techniques,
such as Scanning or Transmission Electron Microscopy (SEM
and TEM) and optical microscopy (including fluorescent
and Confocal Laser Scanning Microscopy). First of all, AFM
provides topological information at nanoscale level that other
microscopes cannot measure. For instance, AFM can perform mechanical properties characterization of the samples
at a nanoscale level and can offer a combination of qualitative
and quantitative information. Furthermore, AFM possesses
the ability to perform nanoscale imaging/characterization
without the need for presence of vacuum conditions or any
special treatment of the specimen, such as sample labeling
with antibodies/fluorescent labels or surface coating [8, 22,
23]. The AFM characterization can be performed without
destroying the fibrillar structure of collagen. AFM can be
used for investigating a wide range of collagen-based structures, from collagen molecules to separated fibrils and fibers
and collagen-based nanobiomaterials as well [6, 24].
In this review, we first introduce the AFM apparatus and
its working principle and we then focus on its application
on the study of collagen thin films. This short review covers
issues that are relevant to the use of AFM and collagen thin
films for studying (a) collagen-substrate interactions during
collagen thin film formation, (b) collagen-cells interactions,
and (c) collagen-optical radiation interactions. Also, the use

of AFM for studying three-dimensional (3D) collagen gels
is briefly presented. As there is always a need to develop
novel optical biomarkers and/or imaging modalities, it is
imperative to better understand the collagen-optical properties and optical radiation interactions [25, 26]. Although
the general properties are well known [27, 28], the exact
mechanism in many cases, like nonlinear optical properties
of collagen (e.g., second harmonic generation—SHG), is not
fully clarified [29, 30]. Furthermore, the study of collagenoptical radiation interactions will enhance better collagen
biomaterial performance as some optical radiation-collagen
interactions, like ultraviolet (UV) irradiation of collagenbased materials, are used as sterilizing procedures [31, 32].

2. Atomic Force Microscopy
The AFM is the second member (after the scanning tunneling
microscope—STM) of the SPM family [22]. AFM was developed in 1986 by Binnig and colleagues [33] and commercial
AFMs began to appear in the early 1990s [22]. Since its invention it has rapidly become a popular method for nanoscale
imaging and mechanical properties characterization of a
broad range of samples, including biological ones [34, 35].
AFM is considered as a versatile and powerful microscope
because it is the only microscope that not only offers highresolution imaging (even within atomic resolution), but
also provides various types of surface measurements. AFM
gathers the information with a probe, which is a very sharp tip
that is mounted on a cantilever. The probe scans the sample
surface and measures the atomic forces between probesample surfaces (see Figure 2). AFM apparatus traditionally
consists of a laser beam deflection system (optical lever)
where a laser beam is reflected from the back of the cantilever
(on which a tip is mounted and come into contact with
surface) and onto a position-sensitive detector (see Figure 2).
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Figure 2: AFM apparatus. Generally an AFM consists of a probe
(cantilever and tip), a laser source, a scanner, a photodetector, the
electronics, and a computer.

Τhe accurate movement of the tip over the surface or sample
under the tip (depending on the system) is achieved with
piezoelectric elements. Also, the movement is monitored by
the alterations of the laser spot position on a photodetector.
The measurements of the tip deflection are then transferred to
the system’s electronics and computer which use them to form
three-dimensional (3D) images of the samples or to assess
other sample’s properties, such as stiffness and adhesion [33].
The fact that AFM demands minimum sample preparation (e.g., does not require dehydration, sample labeling
with fluorescent dyes or antibodies, or surface coating), is a
nondestructive technique, and can operate under different
conditions (air and liquid) [23] makes it very powerful
for biological and bioengineering studies [34–36]. Also, it
operates in many different modes, offering a vast amount
of qualitative and quantitative information about biosamples
[8, 37, 38] ranging from topography to mechanical properties
characterization [20, 39–41]. The most well-known AFM
modes are the contact mode (where the tip is always in
contact with the sample surface), the tapping mode (some
manufactures call it intermittent or AC mode (where tip
taps the surface and touches the sample surface only for a
short time)), and the noncontact mode (where the tip does
not come in contact with the sample surface). For biological
samples (that are very soft), tapping mode is more frequently
used as it is less destructive than contact mode and it is more
easily performed than noncontact mode, while problematic
issues with lateral and frictional forces are minimized [20,
34].
Finally, AFM can perform force spectroscopy for measuring mechanical properties of the samples. In AFM force
spectroscopy, the cantilever-tip assembly can act as a force
sensor [42] so as to provide several modes for measuring
mechanical properties of the sample [43]. By using the AFM
nanoindentation procedure [44–46] or the so-called force
scanning mode [47] the hardness or softness of the specimen
can be recorded and Young’s modulus maps of the sample’s
surface can be generated [39, 41, 48–50]. More specifically, in
the AFM nanoindentation method, indentation-force curves

are formed. Then these curves are fitted using mathematical
expressions (e.g., the Hertz model) so as to calculate values
that are needed for measuring the sample’s Young modulus
and for forming material’s properties maps (e.g., Young’s
modulus maps) [51, 52].
Although AFM is a powerful microscope, there are many
technological challenges (e.g., instrumentation, experiment
setup, and procedures) to be overcome for its better performance [53–58]. The majority of AFM procedures are time
consuming and require intensive labor, which is a significant
drawback since the achievement of statistical significant
results is very challenging [55]. Additionally, further research
is required for the improvement of the existing mathematical
models that are used for the acquisition of quantitative data
with AFM modes [59].

3. AFM and Collagen-Based Nanobiomaterials
Since cell adhesion and proliferation are affected by biomaterials nanocharacteristics and as almost all the biological reactions take place on surfaces or interfaces, the
surface properties of biomaterials are a crucial parameter
in biomedicine [60, 61]. It has been demonstrated that
dewetting, drying, and rehydrating collagen thin films do not
influence their characteristics and consequently these films
can be used as cell culturing substrates [62]. In the next
section we summarized issues related to the use of AFM
for studying collagen thin films formation, collagen-substrate
interactions, collagen thin films, and cell interactions. Also
the combination of collagen thin films and AFM for studying
collagen-optical radiation interactions is presented.
3.1. Collagen Thin Films Formation. The methods that can be
used for the formation of collagen thin films are of critical
importance for the formation of the final collagen-based
biomaterial. The formation of collagen-based biomaterials
with predetermined and tunable natural characteristics is a
very challenging task. Although the general principles of the
collagen self-assembly are known, the exact mechanism of
the process is not well defined [17]. Collagen self-assembly
is an entropy-driven process which affects both the structure
and the diameters of the fibrils [1]. This process is responsible
for the unique D-periodicity pattern of collagen [1] and, in
vivo, it takes place by the appropriate arrangement of thin
fibrils in recesses that are located in the cell membrane. On
the other hand, in vitro, the process occurs by both linear
and lateral growth steps with parallel events that are seen in
vivo [63]. Moreover, in vitro, the mechanism is significantly
altered, since collagen self-assembly takes place without any
cellular control or the presence of the enzymatic cleavage of
the propeptides [63]. Thus, the formation of collagen-based
biomaterials is not straightforward and here is where AFM
methods can significantly contribute towards the evaluation
of the final material and studying the collagen-substrate
interactions as well.
A variety of different approaches, including drop casting from solution, the spin coating process, and the use of
hydrodynamic flow, can be applied in order to form pure
collagen two-dimensional (2D) thin films. A number of
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studies have demonstrated that each of these approaches
allows the formation of films with different characteristics
[8, 20, 38]. The method of drop casting from solution allows the
formation of films that are relatively thick and homogeneous.
Furthermore, these films consist of random oriented collagen
fiber/fibrils and with collagen aggregations. By using the spin
coating process ultrathin and homogeneous collagen films,
with fibrils presenting the natural D-band (see Figure 1(b))
and with random orientation (see Figure 3(a)), can be
formed. Finally, the hydrodynamic flow methodology leads
to the formation of collagen thin films consisting of welloriented fibrils. This methodology has been used for very
low collagen concentrations (0.3 𝜇g/mL) and for collagen
solutions consisting from more than one type of collagen
(such as types I and III) or in the presence of sodium or
potassium with very good results [14, 24, 64, 65]. This formation methodology enables the formation of nanostructured
thin films with tunable characteristics. Characteristics such as
tubes, grooves, and fibers’ orientations are appropriate for the
study of cell behavior due to their interactions with substrates
with different characteristics. Of course, there are many other
more sophisticated and complex methodologies that can be
used for the formation of oriented collagen thin films, such
as nanoimprinting [66] and electrospinning [67], which are
beyond the scope of this review.
3.2. Collagen-Substrate Interactions. Apart from the formation methodologies, the substrate that is used for the formation of 2D collagen thin films is a significant parameter
for the nanocharacteristics of the collagen film. Among the
different substrates that are found in the literature, mica discs
or sheets are the most frequently used substrates that are used
for studying the collagen-substrate interactions with AFM.
Traditionally, in AFM studies, mica surface is used as
specimen substrate, due to its atomically flat and clean
surface after cleavage [22]. In the case of the formation of
collagen-based films mica characteristics can also affect the
film formation [68, 69]. Mica consists of a series of thin
crystalline plates that can easily be split apart (“cleaved”)
[22]. After cleavage, mica sheets are atomically flat and
serve as a truly fresh surface that has not been exposed to
the atmosphere and does not demand further removal of
contamination [22, 70]. The most frequently type of mica
that is used as an AFM substrate is the “muscovite” mica,
KAl2 (OH)2 Si3 O10 . The muscovite mica is composed of negatively charged aluminosilicate layers in which the negative
charge of the layers arises from a substitution of a quarter
of the Si4+ ions by Al3+ ions. These layers are kept together
by electrostatically bound potassium ions (K+) [71]. It has
been demonstrated that upon cleavage the potassium layer is
disrupted [70, 71] and the mica surface exhibits a hexagonal
arrangement of Si and O atoms, while it can be partly
covered by potassium ions [71]. Mica is negatively charged
in aqueous liquids and due to the fact that it is negatively
charged even at pH∼3 [72] it serves as a hydrophilic surface
model that can strongly affects the sample structure [69, 73].
Furthermore, silanization protocols can be used in order to
transform this well-used surface [71]. In the case of collagenmica interactions, there are many and strong interactions
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between these materials [74] since collagen is characterized
by a complex charge distribution [75]. Additionally, it has
been demonstrated that collagen self-assembly occurs easier
when collagen assembles on a hydrophilic surface such as
mica [76]. Also, it has been reported that the formation of
oriented fibrils on mica substrates is a consequence of the
hydrodynamic film deposition [64] and the crystallographic
orientation of the mica substrate [74]. The crystalline nature
and the surface properties of mica also appear to allow better
adsorption of collagen fibers and the formation of fibrils
with physiological characteristics, such as the D-periodicity
of ∼67 nm.
Moreover, of particular interest are the surfaces of polystyrene particles (polystyrene particle surfaces) that can be
formed on mica and used as substrates for collagen thin
film formation [20, 37]. By using polystyrene nanoparticles
on fresh cleaved mica and by optimizing the experimental
parameters, the formation of uniform nanostructured surfaces can be achieved (see Figure 3(b)). These surfaces were
shown to be suitable substrates for thin collagen film formation exhibiting physiological characteristics. Moreover, they
can be used as extracellular matrix models for investigating
the relationship between specific surface nanocharacteristics
and the adsorption of collagen fibrils or other proteins.
Consequently, the use of different substrates and different
thin films formation methodologies allows the development
of collagen thin film with predetermined surface characteristics. The characterization, the quantification, and the control
of the collagen thin films nanocharacteristics allow the films
to be used as models for the investigation of the effect of the
surface characteristics on cell behavior and the study of the
effects of optical radiation on collagen.
3.3. Collagen Thin Films and Cell Interactions. Surfaces with
well-organized geometry can be used for biomolecular interaction analysis and collagen-based surfaces that have fibers
in alignment or porous structures have better performance
and can influence or even drive cells behavior [77, 78]. Additionally, Plant et al. suggested that some of the mechanical
cues that cells receive from their environment exist also
in cells-thin films interactions and their thin film model
achievement to elicit equivalent responses in cells as do
bulk collagen gels [79]. The movement of cells towards
specific directions and their orientation present a significant
research interest since these characteristics are crucial in
wound-healing and metastasis. The directional motion of
cells along the axis of fibrous structures on aligned extracellular matrix (ECM) components (such as collagen) has
been related to the so-called “contact guidance mechanism”
[80]. Concerning collagen and collagen-based materials, the
exact mechanism and the nature of the structural cue within
the collagen fibers/fibrils that can drive cell movement are
unknown. The D-band periodicity has been suggested to
be a crucial player in the cell-collagen interactions since it
seems that cells respond to information contained in this
periodic pattern [14]. It is believed that the morphodynamics
of cells are triggered by a combination of surface features
and the cellular environment’s mechanical properties [79].
Furthermore, Loesberg et al. demonstrated that there is a
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Figure 3: (a) A collagen thin film consisting of random oriented collagen fibers, (b) a polystyrene particle surface, and (c) a fibroblast lying
on a collagen thin film.

threshold limiting the cells’ response mechanism to contact
showing that for fibroblasts cultured on a nanotopography
substrate the threshold was found to be 35 nm [81]. In
another work, collagen-based biological models were used as
substrates for the growth of primary culture of human dermal
fibroblasts [35] (see Figure 3(c)). The results showed that the
films can be used as cell culture substrates and that fibroblasts
respond to the topography of the films. When films with
oriented collagen fibers were used, it was demonstrated that
the fibroblasts followed the main orientation of the collagen
fibers. Moreover, on films with randomly oriented fibers, the
fibroblasts showed no standard arrangement in the available
space during their growth. AFM enabled the simultaneous
imaging of both fibroblasts and collagen fibers, so as to
qualitatively present the relationship between the fibroblast
orientation and the characteristics of the substrate [35]. In
contrast, cells that were cultured on plain native mica did not
grow normally and were characterized by a nonphysiological
globular shape [14, 35, 82]. In addition, AFM multimode
imaging (which is the imaging using more than one AFM
mode, like the combination of topography with AFM phase
imaging and mechanical properties characterization) has
been used to investigate the heterogeneous structure and the
mechanical properties of collagen fibers in thin films as well
as that of fibroblasts cultured on collagen thin films [40, 49].
Consequently, AFM can significantly contribute towards
the fully clarification of the existing mechanisms of cell-nanomaterials interactions so as to enable the design and development of novel nanobiomaterials with improved properties.

3.4. Collagen Thin Films for Studying Collagen-Optical Radiation Interactions
(i) Collagen Thin Films and Ultraviolet Irradiation. The investigation of collagen-ultraviolet (UV) radiation interactions is
of crucial importance since the UV rays from sun interact
with humans’ collagen-based tissues on a daily basis, while
UV light has been identified as a significant causative factor
for skin aging and a number of skin cancers [83–85]. Moreover, UV is frequently used in order to sterilize or cross-link
biomaterials [86–88]. Not surprisingly, UV light can modify a
number of collagen characteristics, including its mechanical
properties, structure, and chemical stability [89–93]. The use
of AFM can significantly help in the research in this direction
and especially on issues related to surface properties, which
are very important in biomaterials.
It has been demonstrated that the characterization of
collagen thin films with AFM allowed the exploration of
the effects of UV irradiation (254 nm) on the optical properties of collagen (fluorescence, absorption), its topography,
roughness, and the influence on cell culturing [94, 95]. It
must be noticed that surface roughness is a crucial factor in
biomedical applications and plays a significant role in cellsurface crosstalk [96, 97] as alterations in roughness change
the surface that is available for cell adhesion and growth [98].
It has been shown that for UV irradiation of the order of magnitude as those used for sterilization/crosslinking purposes,
photodegradation occurs and AFM imaging demonstrates
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modifications in collagen surface roughness [95]. Also, it
was demonstrated that fibrils retained their characteristic
band and structure D-periodicity (see Figure 4). On the
other hand, for long irradiation times and consequently for
higher light doses, UV altered significantly both structure
and surface roughness. Also, when UV irradiation was
applied on collagen solution significantly different effects
were recorded compared with those after films irradiation. It
was suggested that the noticed changes in the fluorescence
and absorption spectrum were due to the photodegradation caused by UV radiation. The photodegradation were
correlated to structural changes in aromatic amino acids
residues, while it is believed that UV caused the breaking of
the peptides bonds and subsequently increased the formation
of tyrosine and phenylalanine photoproducts. Furthermore,
modifications in the surface roughness were recorded. These
changes suggested that this technique can be used as a
methodology for controlling the surface roughness during
the formation procedure of collagen-based nanobiomaterials.
The decrease of surface roughness of pure collagen films was
also demonstrated by Sionkowska et al. [99]. Also, it has been
demonstrated that for low UV doses (in the range of the
sterilizing doses) surface roughness was decreased in films
formed by collagen blends, like collagen-PVA (poly-vinyl
alcohol) [99], collagen-poly-vinyl pyrrolidone (PVP) [100],
and collagen-poly(ecaprolactone) (PCL) [101]. Additionally,
AFM and contact angle studies have been applied in order to
show the UV damage of collagen in polymer films containing
a small amount of collagen [93].
In the case of the use of UV-irradiated collagen films as
substrates for culturing cells, it has been shown that the
cells’ behavior is affected by the UV irradiation of collagen
films [95, 102, 103]. It was demonstrated that for low irradiation doses (relevant to those used for sterilizing purposes)
cells/fibroblasts can spread on irradiated thin films. Furthermore, when the irradiation time period was increased both
the bodies and the nuclei of fibroblasts became increasingly
globular, a fact which is a characteristic of fibroblasts’ abnormal growth [95]. Previous studies with SEM have also shown
this tendency of the cells to become more spherical when they
were cultured on UV-irradiated collagen substrates [104].
Furthermore, in the literature, it was demonstrated that cell
growth was supported by the UV irradiation of collagen gels,
with negative results concerning cell proliferation [102, 103].
In contrast, a noticeable enhancement in cell viability in
UV-irradiated collagen blends has also been demonstrated
[93]. This improvement in cell behavior has been proposed
as a consequence of the UV-crosslinking that takes place,
while it has also been associated with the possibility that
some hidden recognition motifs of the cells were revealed
[103, 105]. Moreover, since for low irradiation doses the AFM
studies revealed that there were not significant alterations
in topography, the changes in cell behavior may be due to
either mechanical properties alterations and/or chain scission
[106, 107]. In this direction, in a recent study, AFM was
applied to record load-displacement curves on both the gap
and overlap zones of collagen D-spacing under the influence
of UV irradiation [41].
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The results demonstrated that the UV rays have a noticeable influence on the height level differences between the
overlapping and gap zones. Additionally, it was shown that
UV rays influenced the mechanical properties of collagen fibrils and the elastic values, in terms of Young’s modulus, were
reduced in D-spacing zoned. These results were correlated
to the UV-induced polypeptide chain scission. Consequently,
all the previous research results suggest that UV irradiation
should be avoided or kept to the minimum possible levels in
the case of collagen-based biomaterials [95].
(ii) Collagen and Low-Level Red Laser. Low-Level Laser
Therapy (LLLT) can be used to treat a range of pathological
conditions, including healing wounds. A recent study was
focused on the effects that Low-Level Red Laser (LLRL)
has directly on collagen and the influence on cell culturing
[108]. The experimental results of LLRL (661 nm) on collagen
thin films showed that although a slight increase in the
emitted fluorescence intensity was measured, no alterations
were observed in the nanotopography of collagen films after
irradiation [108]. It should be noted that the parameters of
irradiation (wavelength, dose, and irradiation time intervals)
were of the order of magnitude as those used for the treatment
with a low power laser. Although collagen topography was
not altered, the results demonstrated that irradiation of LLRL
had a negative effect on cell growth due to the effects of
irradiation on collagen. By increasing the irradiation dose
offered in collagen thin films, fibroblasts became more and
more spherical. This is an evidence of abnormal growth of
the fibroblasts, as it was also observed in the UV-irradiated
films. Since the modulation of cellular behavior was observed
in the absence of measurable surface changes, the alteration
of cell behavior due to LLRL irradiation is not affected by the
“surface guidance mechanism” (which relies on the surface
properties of the substrate). This result represents important
and novel information that offers new data towards the
clarification of the LLLT mechanism.
(iii) Collagen Thin Films and Second Harmonic Generation.
Collagen thin films can be used as ECM model for investigating the mechanism of the second harmonic generation (SHG),
by near infrared (NIR) laser stimulation. SHG is a wellknown nonlinear optical process. During this phenomenon,
photons with the same energy (same frequency 𝑓) interact
with a noncentrosymmetric material (such as collagen) and
as a result new photons with frequency equal to 2𝑓 are
generated [109]. In order to enhance this phenomenon, laser
sources are used since the highly focused laser beams also
provide high intensities and monochrome photons. SHG is
emerging as a novel technique due to its noninvasiveness
nature, the absence of external dyes, and the selectivity to
specific tissue components [110–113]. Collagen is probably
the most important component of tissues that can emit very
bright SHG signals since it is a natural noncentrosymmetric
biomaterial [30, 112, 114–117]. Consequently, novel SHGbased nonlinear methods that can be used for the diagnosis
of a number of pathological conditions that are related to
collagen fibers differentiation (such as alterations in collagen
concentration, structure, and function) can be developed
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Figure 4: AFM topography images of UV-irradiated thin films. The figure demonstrates the same area on collagen thin film (original) after
UV irradiation for 0 (a), 1 (b), and 14 h (c).

[118]. The combination of AFM with SHG techniques (imaging or signal measurements) can offer unique opportunities
for investigating these collagen alterations under different
pathological conditions.
In the literature we can see that the AFM-SHG combination has been applied in order to study collagen-rich
tissues from tumor related sections [119–122]. The studies
offered new information about the correlation with collagen
organization with cancer cell invasion, the importance of
collagen stiffening, and how the amount of tumor microenvironment components influence collagen characteristics in
tumors. In this direction, in vitro experiments with collagen
thin films can be used as control models of the ECM and/or
tumor microenvironment. By using collagen thin films as
models with predefined characteristic and studying the SHG
signal intensity in correlation with collagen structure as it was
provided with AFM imaging, it has been demonstrated that
when the major polarization of the laser source and the main
axis of the collagen fibers were parallel, the SHG signal was
increased [116]. Also, it was confirmed that SHG emission was
significantly lower from collagen fibers that accept thermally
induced structural deformations compared to normal fibers
[116, 117]. The AFM-SHG combination can be used to unlock
a number of unknown properties of collagen so as to develop
new biomarkers for assessing collagen related diseases.

For instance, 3D collagen gels have been developed to
also take into consideration the mechanical forces that cells
“feel” through interaction with ECM [124, 125]. In that regard,
there are several approaches reported in the literature [125]:
(a) cells are cultured embedded in the gels [126–128], (b) cell
spheroids are also embedded in collagen gels [129, 130], and
(c) cells are cultured in a 3D “sandwich” collagen gel [131].
Despite the fact that 3D collagen models are very promising, their characterization is more complicated and tricky.
Although AFM is a surface characterization technique, it can
also be a significant tool for imaging and characterization of
the structure and mechanical properties of these 3D gels (see
Figure 5), which opens new avenues for the use of AFM in
more physiologically relevant conditions. For instance, Tan et
al. applied AFM imaging to investigate surface modifications
that were induced by chitosan incorporation on collagen gels
[132]. Also, AFM was used by Vicens-Zygmunt et al. to study
the ribose-induced mechanical alterations in collagen gels by
assessing their Young’s elastic modulus [133] and by Nam et
al. to explore strain stiffening of collagen gels [134]. Finally,
in very recent publications, van Helvert and Friedl performed
AFM nanoindentation in live-cell culture in order to directly
address local elasticity changes generated by moving cells on
fibrillar type I collagen gels [135].

4. AFM and Three-Dimensional Collagen Gels

5. Advanced AFM Tools for Studying Collagen
Collagen-Based Nanobiomaterials

Although 2D collagen thin films have a variety of applications
(e.g., covering a substrate so as to form a 2D model and culture cells on it), they lack the ability to mimic more precisely
in vivo extracellular matrix conditions. Although 2D models,
such as collagen thin films for culturing purposes, are used
in the majority of in vitro studies [123], it is now generally
accepted that 2D conditions cannot fully recapitulate the in
vivo conditions as they present a number of limitations such
as the lack of the three-dimensional (3D) physical cues, the
lack of a way to take account of the high ECM stiffness, and
the limited spatial distribution of adhesions to ECM [123].
In order to overcome some of these limitations, 3D in vitro
models are increasingly receiving attention since they are
more physiologically relevant.

So far the unique capabilities of AFM topography characterization for collagen-based nanobiomaterials were presented.
Although the nanocharacterization of collagen nanotopography may offer valuable information, AFM has many other
advanced tools and every day new functions emerge. In this
section some of the advanced and/or new features of AFM are
presented.
Force Volume Mode. As it was presented in Section 2, in
AFM force spectroscopy, the AFM can be used for measuring
mechanical properties of the samples, such as the sample’s
Young modulus. An interesting extension of AFM force
spectroscopy is the so-called “Force Volume Mode”, which
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Figure 5: (a) AFM topography image of collagen gel (with Cypher ES, Asylum AFM system), (b) Force Volume map of collagen gel (with
PicoPlus Molecular Imaging/Agilent AFM system and analysis with AtomicJ software), and (c) AM-FM image of collagen gel (with Cypher
ES, Asylum AFM system).

combines AFM imaging and force spectroscopy [43]. In this
mode the sample’s properties are measured in defined areas
and not only in individual points. After acquiring forcedistance curves in all the areas of interest by nanoindenting
each point separately, advanced calculations are used to
calculate mechanical properties like stiffness (e.g., material
Young’s modulus). The final recorded data set in Volume
Spectroscopy contains not only the three-dimensional image,
but also force spectroscopy data for all the user-selected
points in the image which can be presented as a Young
modulus map of the region of interest (see Figure 5(b)).

AM-FM Viscoelastic Mapping. It is a very new AFM tool
for nanomechanical characterization of materials, including
biomaterials. AM-FM Mode has its roots in research on
multifrequency and bimodal AFM, which is a dynamic forcebased method that can simultaneously map the topography
and the nanomechanical properties of soft-matter surfaces
[136, 137]. AM-FM Mode provides mechanical information including Young’s modulus and contact stiffness while
operating at two cantilever resonances simultaneously [138].
Because AM-FM Mode works like tapping mode it has
the advantages of this mode including fast scanning, high
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spatial resolution, and low forces applied to the sample (in
contrast with the traditional force spectroscopy which is
a time consuming procedure that is performed in contact
mode). In Figure 5(c) an AM-FM Young modulus map of
collagen gel is illustrated. As it can be seen the different Young
moduli of collagen gel are clearly observed, while even the Dband periodicity in terms of stiffness can also be observed.
This mode is very new and it is provided by specific AFM
manufactures, but it has already demonstrated that it can be
used for studying the elastic modulus of proteins [139] and
small biological fibrils, like amyloid fibrils [140].
AFM and Combined Microscopy Techniques. AFM can be
combined with other microscopes and imaging methods,
such as optical microscopy and SEM. These combined modalities have unique capabilities and take advantage of all the
properties of the involved modalities. Several research teams
have already built sophisticated multifunctional microscopes
[141], while a number of manufacturers have started producing of microscopes that combine AFM with other modalities.
Coupling AFM with optical microscopy techniques (such
as fluorescence microscopy and multiphoton microscopy) is
very useful for the full characterization of cells and their
microenvironment components, such as collagen matrix
[142]. Optical microscopy can be used for imaging a large
population of cells, a fact that offers capabilities for better
statistical analysis. Furthermore, the use of fluorescent dyes
can be used for labeling unique features of the cells [143]. As a
result, the combined modality offers topographical characterization in the nanoscale simultaneously to a broader imaging
field and biochemical capabilities. On the other hand, the
AFM-SEM combination adds to the unique properties of
AFM the advantages of SEM, which include the abilities
to image rougher specimens with a larger depth of field
and X-ray elemental analysis. The combination of the two
microscopy modalities, either as separated systems or as
hybrid combined modalities, can be very useful in life science
research areas. For instance, the two modalities were used in
order to investigate the behavior of myofibroblasts that were
cultured on collagen-based substrates (e.g., collagen films
and sponge), fully characterized by AFM and SEM [139].
In another study, hydrogels from synthetic collagen were
used in order to study how transformed mammary epithelial
cells interact with ECM with different characteristics (such as
density and topography) [144].

6. Conclusions
This short review summarizes the use of AFM for novel collagen thin film formation and their applications for studying
collagen thin film and 3D-gels formation and characteristics,
collagen-substrate and cells interactions, and the collagenoptical radiation interactions (e.g., ultraviolet radiation, lowlevel laser irradiation, and second harmonic generation).
AFM is a powerful multifunctional tool that can significantly
contribute towards the development and the nanoscale characterization of novel nanomaterials.
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