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Microorganisms are responsible for diverse metabolic func-
tions that affect soil and plant health. Nutrient cycling, or-
ganic matter formation and decomposition, soil structure
formation, and plant growth promotion are among the bene-
ficial functions that bacteria perform. Deleterious effects inc-
lude plant disease promotion. Bacterial functioning is critical
to soil and plant health. Microbial diversity is an addition
sum of the studies on genetic, taxonomic commercial, and
ecosystem aspects of living systems. All the living individuals
of a species contain a distinct combination of genes, and
the intrinsic interaction among the gene pool influences
evolution, survival, and phenotypic/genotypic changes of the
part of the biodiversity, that is, community. The amount of
genetic diversity within population varies tremendously, and
much of modern conservation biology is concerned with the
maintenance of genetic diversity within the population of
plants, animals, and microbes. Germplasm, obtained with
the vast biodiversity, provides a major source of biological
material for the development of medicines, vaccines, phar-
maceutical products, improved crop, and animal varieties
and for other environmental applications. Industrialized na-
tions, who have the technology and resources to patent
and develop commercial biological products, are having the
benefits of biodiversity through the collected and conserv-
ed germplasm flowing through the international research
centers. In fact, a particular genetic contribution usually re-
presents only a small percentage of the total value of the even-
tual products.

This special issue contains seven papers, where two pa-
pers are related to pyrene mineralization and bioremediation
and two papers cover the microbial role in root colonization
and seed germination. These papers are regarding photosyn-

thetic biofilms, microbial dynamics, and endospores forming
bacteria in industrial food processing.

In the first paper entitled “Effects on Glomus mosseae
root colonization by Paenibacillus polymyxa and Paenibacillus
brasiliensis strains as related to soil P-availability in Winter
wheat,” V. Arthurson et al. present plant growth promoting
rhizobacteria (PGPR) of the genus Paenibacillus under phos-
phate P-limited soil conditions in the presence or absence of
the arbuscular mycorrhizal fungus (AMF) Glomus mosseae.
Mycorrhizal root colonization, plant growth, and plant up-
take of phosphorus were analyzed. Bacterial phosphate sol-
ubilization was examined separately in vitro, AMF root col-
onization levels and total plant uptake of P were much stim-
ulated by the addition of most of P. polymyxa strains.

In the second paper, “Isolation and identification of py-
rene mineralizing mycobacterium spp. from contaminated and
uncontaminated sources,” C. W. M. lease et al. present Myco-
bacterium isolates obtained from PAH-contaminated and -
uncontaminated matrices which were evaluated for their
ability to degrade three-, four-, and five-ring PAHs. PAH
enrichment studies were prepared using pyrene and inocula
obtained from manufacturing gas plant (MGP) soil, uncon-
taminated agricultural soil, and faeces from Macropus fulig-
inosus (Western Grey Kangaroo). This paper demonstrated
the ubiquity of Mycobacteria spp. in soil environments with
the ability to degrade PAH. This observation points to the
broad exposure of organisms to aromatic compounds such
as lignin and tannins as a plentiful carbon source in a diverse
range of soil systems.

In the third paper, “Growth of photosynthetic biofilms and
Fe, Pb, Cu, and Zn speciation in unsaturated columns with cal-
careous mine tailings from arid zones,” J. V. Garcı́a-Meza et al.
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present photosynthetic biofilms that may act as a physical
barrier against oxygen diffusion. The presence of biofilms
may provide chemical gradients and physical conditions that
shift the proportion of Fe, Cu, and Zn originally associated
with oxides to carbonates and organic matter/sulfide frac-
tions. Consequently, the photosynthetic biofilms represent
an excellent opportunity for mine tailing remediation and
stabilization of mine tailings by applying ecological suc-
cession theories, that is, colonization through autotrophic
pioneers, which also could be applied to the pollution and
remediation of alkaline soil.

In the fourth paper, “Comparative bioremediation of crude
oil-amended tropical soil microcosms by natural attenuation,
bioaugmentation, or bioenrichment,” V. M. Alvarez et al. pre-
sent that bioremediation is an efficient strategy for clean-
ing up sites contaminated with organic pollutants and eval-
uated the effectiveness of monitored natural attenuation,
bioenrichment, and bioaugmentation using a consortium of
three actinomycetes strains in remediating two distinct typi-
cal Brazilian soils from the Atlantic Forest and Cerrado bio-
mes that were contaminated with crude oil, with or without
the addition of NaCl. They also proposed that monitored
natural attenuation was considered the most cost-effective
approach for bioremediation of the tropical soils when an oil
spill occurs.

In the fifth paper, “Relationships among contrasting mea-
surements of microbial dynamics in pasture and organic farm
soils,” S. L. Edenborn et al. present that soil bacteria exhibit
short-term variations in community structure, providing
an indication of anthropogenic disturbances. Microbial bio-
mass carbon (MBC), potentially mineralizable nitrogen
(PMN), community level physiological profiling (CLPP),
and culture-dependent DGGE (CD DGGE) fingerprinting of
the 16S rRNA gene were used to compare microbial com-
munities in organic farm and pasture soils subjected to dif-
fering agronomic treatments. All measures separated soil
types but varied in their ability to distinguish among treat-
ments within a soil type. Overall, MBC, PMN, and CLPP
were most responsive to compost and manure amendments,
while CD DGGE resolved differences in legume cropping and
inorganic fertilization. They also proposed hypothesis that
culturable soil bacteria are a responsive fraction of the total
microbial community, sensitive to agronomic perturbations
and amenable to further studies aimed at linking community
structure with soil functions.

In the sixth paper, “Mycoflora in exhumed seeds of Opun-
tia tomentosa and its possible role in seed germination,” M. E.
Sánchez-Coronado et al. present that the funicular cover of
the Opuntia tomentosa seed limits imbibitions; germination
occurs only when the funicle is weakened or the funicular
valve is removed. The mycoflora present on disinfected and
nondisinfected exhumed seeds suggests that the fungal colo-
nization occurred in the soil and differed between the burial
sites. Exhumed seeds with and without a valve germinated in
high percentages, whereas only the control seeds without a
valve germinated.

In the seventh paper which is a review article on “The
im- portance of endospore-forming bacteria originating from
soil for contamination of industrial food processing”, M.

Heyndrickx presents that specific endospore formers have
become important contaminants in industrial food proces-
sing. The direct or indirect soil route of contamination or
dispersal is the start of events or processes in the agro-
food chain that eventually leads to important problems or
concerns for food safety and/or quality. Three important
food sectors are discussed in this paper: in the dairy sec-
tor, fruit juice industry and in the ready-to-eat food sector,
with respect of endospore-forming bacteria and its contami-
nation.

Syed G. Dastager
Wen-Jun Li

Ismail Saadoun
Mohammad Miransari
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Greenhouse experiments were conducted to assess the effects of inoculating winter wheat (Triticum aestivum) with plant growth
promoting rhizobacteria (PGPR) of the genus Paenibacillus under phosphate P-limited soil conditions in the presence or absence
of the arbuscular mycorrhizal fungus (AMF) Glomus mosseae. Four P. polymyxa strains and one P. brasilensis strain were compared
at two cell concentrations (106 and 108 cells g−1 seeds) of inoculation, and surface sterilized AMF spores were added to pots.
Mycorrhizal root colonization, plant growth, and plant uptake of phosphorus were analyzed. Bacterial phosphate solubilization
was examined separately in vitro. Most P. polymyxa strains, isolated from wheat, had dramatic effects per se on root growth and
root P-content. No treatment gave significant effect on shoot growth. AMF root colonization levels and total plant uptake of
P were much stimulated by the addition of most P. polymyxa strains. The AM fungus alone and the P. brasilensis, alone or in
combination with the fungus, did not affect total plant P-levels. Our results indicate that practical application of inoculation with
plant host-specific rhizobacteria (i.e., P. polymyxa) could positively influence uptake of phosphorus in P-deficient soils by wheat
plants, provided that suitable AM fungi (e.g., G. mosseae) are present.

1. Introduction

Increased environmental awareness is progressively leading
to a shift from conventional intensive agriculture to low-
input sustainable agricultural cropping systems relying on
biological processes rather than agrochemicals to maintain
crop health and productivity. This shift has resulted in greater
interest in naturally occurring soil microorganisms that
facilitate improvement of soil fertility and/or stimulate plant
nutrition and health, either alone or via specific interactions.
One example of beneficial microbial interactions is the
association between arbuscular mycorrhizal (AM) fungi and
bacteria [1–3].

AM fungi and bacteria interact synergistically to stimu-
late plant growth via a range of mechanisms. For instance,
certain bacterial species directly affect AM fungal germina-
tion and growth rate [4–7], thereby stimulating plant root

colonization [8]. Earlier studies by our group showed that
Glomus mosseae colonization of clover and wheat roots in
pot cultures containing sterilized soil was higher upon co-
inoculation with Paenibacillus brasilensis PB177, compared
to controls without bacterial inoculates [8, 9]. Consistently,
similar results regarding beneficial impact of Paenibacillus
spp. on AM fungi have been reported also by other groups
[10, 11].

In addition to direct interactions, specific bacteria,
together with AM fungi, create a more indirect synergism
that also supports plant growth [12], including nutrient
acquisition [13], inhibition of plant pathogenic fungi [8],
and enhancement of root branching [14]. Moreover, other
bacteria collaborate with AM fungi to promote plant
host growth by increasing phosphate uptake. Phosphate-
solubilizing rhizobacteria may contribute to the soil phos-
phate pool available for extraradical AM fungal hyphae to
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pass on to the plant, especially in soils with low phosphorus
bioavailability [15].

Interactions between bacteria and AM fungi typically
occur in the mycorrhizal hyphosphere [16] in the part of
the soil surrounding individual fungal hyphae [17]. It has
been shown that hyphal exudates of AMF might stimulate
bacterial growth [18] and also change the bacterial commu-
nity structure [19]. Moreover, certain bacterial groups seem
to be stronger associated with AMF hyphae than others, and
the composition of bacterial communities that attach to AMF
hyphae has been shown to be different from the communities
that are not attached [17]. For example, bacteria of the
genus Paenibacillus have been related to AMF hyphae and
mycorrhizal formation in several studies [10, 20], and the
Paenibacillus brasilensis strain PB177 has been shown to
display a higher degree of physical attachment to vital AM
fungal hyphae, irrespective of the fungal species involved
(Glomus spp. MUCL 43205 and Glomus intraradices), com-
pared to a number of bacterial control strains that do not
colonize hyphae to the same extent [21]. On the other hand,
Scheublin et al. [17] were not able to identify Paenibacillus
spp. within the bacterial communities associated to AMF
hyphae. Further evaluation of the “specificity” of associations
between AM fungi and paenibacilli strains is crucial for
optimizing the future application of these microorganisms,
such as in the context of mixed microbial inoculates.

The aim of the present study was to evaluate the potential
effects on growth and P-uptake in winter wheat of five strains
of paenibacilli (four P. polymyxa and one P. brasilensis)
alone or in association with the AM fungus, G. mosseae.
Mycorrhizal root colonization, plant growth, and plant
uptake of P were analyzed. The P. brasilensis strain, isolated
from maize, interacts with several AM fungi as well as wheat
plants [8]. The P. polymyxa strains B1-4, originally isolated
from wheat roots [22], infect wheat roots [23] and stimulate
nitrogen fixation in association with the plant host [24].
At least, one of these strains, B2, analyzed with respect to
plant growth stimulation, produces cytokinins [25]. The
results of this study provide further information on the
associations between AM fungi, rhizobacteria, and wheat
plants that could enhance P utilization of wheat under P-
limited conditions.

2. Materials and Methods

2.1. Soil Sampling. The area for soil sampling represents a
typical low-input agricultural region in Sweden. Soil (sandy
loam) was collected from the upper 30 cm of a field recently
harvested in early October at Krusenberg outside Uppsala,
Sweden, and had a relatively low P-Al (plant-available
phosphorus) content of 89 mg phosphate-P Kg−1 dw (dry
weight). The soil was dried at room temperature, sieved
through a 4 mm mesh, mixed, and autoclaved twice for
20 min at 121◦C. Autoclaved soil was mixed with sterile sand
(1 : 1), and 1 L pots were filled 1 cm from the top, covered
with plastic, and positioned on a table in the greenhouse
(18◦C night, 6 h; 22◦C day, 18 h, daylight tubes) without
watering until the experiment was initiated 2 days later.

2.2. Arbuscular Mycorrhizal Fungus. The arbuscular myc-
orrhizal (AM) fungus, Glomus mosseae BEG12 (Nicol. and
Gerd., Gerdemann and Trappe), was obtained from Biorize
(Dijón, France) as sporocarps and divided into single spores
with a very fine forcep under the microscope. Approximately
100 spores were surface-sterilized by incubating for 20 min
on a rotating table (120 rpm) in a tube containing 1 mL
sterilizing solution (500 mL water, Chloramin T (2%), and
streptomycin (400 µg−1 mL)). The solution was decanted and
spores rinsed five times with 1 mL of sterile deionized water.
The sterilization procedure was confirmed as efficient by
microscopic investigation of the treated spores. 10 spores
suspended in 500 µL 0.1 M MgSO4·7H2O were transferred
to soil into a 2 cm deep hole centrally located in each pot.

2.3. Coating of Wheat Seeds with Bacteria. Seeds of winter
wheat (cultivar Tarso) were used in the present experiment.
The seeds were surface sterilized [8] and, thereafter, sepa-
rately coated with four different Paenibacillus polymyxa (B1–
B4) strains [22–25] and one Paenibacillus brasilensis PB177
strain [26] pregrown in 100 mL of GB medium (1 L; 10 g
glucose, 10 g peptone, 1 g yeast extract, 5 g sodium chloride)
until an OD600 of 0.5 was reached. Cells were centrifuged
for 15 min at 3500 rpm and the pellets dissolved in 5 mL of
0.1 M MgSO4·7H2O. The cell concentrations were corrected
to 106 and 108 per 10 g of wheat seeds, respectively, with
0.1 M MgSO4·7H2O (total volume of 3 mL). Bacterial cells
and wheat seeds were mixed in tubes with slow agitation in
the vertical position on a rotation table (120 rpm) for 5 min
[27]. The bacterial suspension was discarded, and seeds dried
on an absorbing paper for 10 min. As a control, seeds mixed
with an equal amount of 0.1 M MgSO4·7H2O instead of
bacterial suspensions were used.

2.4. Pot Cultures. The dry soil and sand mixture was pre-
soaked by watering pots with tap water 6 hours before the
addition of AM fungi and wheat seeds coated with bacterial
suspension or 0.1 M MgSO4·7H2O. There were three factors
studied (bacterial strain inoculation with 6 levels (4+1 strains
or none), AMF inoculation with 2 levels (with or without)
and bacterial inoculation (quantity) with 2 levels). In total,
there were 110 pots (50 with bacterial alone, 50 with bacterial
plus AMF, 5 with only AMF added, and 5 untreated). The aim
was to determine the impact of G. mosseae and Paenibacillus
spp. alone or in combination on: (i) shoot and root growth,
(ii) mycorrhizal colonization of roots, and (iii) phosphorus
uptake in shoots and roots. Five different Paenibacillus strains
(P. polymyxa B1–B4 and P. brasilensis) at two concentrations
(106 and 108 per 10 g of wheat seeds) were used with only
wheat or both wheat and G. mosseae spores. Each treatment
was replicated in five pots planted with three seeds each
making a total of 110 pots. The pots were arranged in
randomized blocs with one replicate per treatment in each
block. They were placed on a table in the greenhouse, and the
entire blocs were, thereafter, rotated to new positions each
day to compensate for minor variations in light intensity or
temperature [28]. The pots were watered once a day with tap
water with a pH of 8.2, conductivity of 42.2 mS/m, and dH
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of 8.3 grades. The nutrient content was as follows: 11 mg/L
nitrate, <0.04 mg/L ammonium, 14 mg/L magnesium, and
38 mg/L calcium. After three weeks, the emerging plants were
counted and the tallest point of each plant measured (cm)
from the soil surface. Seedlings were thinned to one plant per
pot and the tallest retained. Fifteen weeks after sowing, roots
and shoots were harvested in separate fractions and the dry
weights measured after drying at 70◦C for 3–5 days.

2.5. G. mosseae Root Colonization. The extent of root col-
onization by AM fungi was measured after harvest, and
approximately 2 g of wheat fine roots (≤1 mm) from each
plant were transferred to separate tubes. The extent of
colonization was measured in all treatment. Three (out of
five) randomly selected replicate pots per treatment with
added AMF spores were sampled, and three 2-3 cm sections
of wheat roots from each replicate stained. Staining and
analysis of G. mosseae colonization was performed according
to the method of Artursson and Jansson [29] with some
minor changes, such as incubation times (30 min instead
of 1 h in 10% KOH and 10 min instead of 30 min in 1%
HCl) and destaining solution (acidified glycerol; 14 : 1: 1
lactic acid : glycerol : water (vol/vol)). Fungal colonization
was determined using the magnified intersection method of
McGonigle et al. [30] .

2.6. Phosphorus Content in Root and Shoot. Triplicate roots
and shoots (the same as for AMF colonization measure-
ments) from all treatments were assessed for phosphorus
content (%P g−1). The phosphorus content in 1 g portions
from dried root and shoot samples was analyzed after
dry combustion (CNS 2000/IPC Optima 3000 DV) at the
Department of Soil Science (Fertility and Plant Nutrition
section, Swedish University of Agricultural Sciences, Swe-
den), according to standard procedures (protocol SS 02 83
11). 10 mL concentrated nitric acid (65%) was added to
1 g dry weight of plant material, and the samples were left
over night to let the breakdown of organic matter start. The
samples were subsequently boiled, with stepwise increasing
temperature, for one hour at 60◦C, one hour at 100◦C and
four hours at 125◦C. After two hours at 125◦C, an additional
5 mL concentrated nitric acid was added. The samples were
diluted to 50 mL with distilled water after cooling, and the
phosphorus content was determined by ICP-AES (Optima
7300 DV, Perkin Elmer, USA) [31].

2.7. Phosphorus Solubilization Capacity. Qualitative estima-
tion of bacterial phosphate solubilization was conducted
using a petridish assay on Pikovskaya’s agar [16]. Spot in-
oculation of P. polymyxa B1–B4 and P. brasilensis was carried
out using a sterile needle on petridishes incubated at 30◦C
for 12 days in triplicate. Solubilization of insoluble phosphate
(tricalcium phosphate) was verified by formation of distinct
clear zones around bacterial colonies (solubilisation index;
SI) [32]. Clearing zones were measured, after 7 days, in
size (ratio of total diameter (colony + halo zone) to colony
diameter [33]) to discern differences between bacterial
strains.

2.8. Statistical Analyses. The differences in phosphorus sol-
ubilization capacities (SI), shoot length, dry weight, and
fungal colonization between treatments inoculated with
solely bacteria, bacteria, and AMF, only AMF, respectively,
or uninoculated, were tested for significance using one-way
analysis of variance (ANOVA). Following ANOVA, Tukey’s
post-test was performed (GraphPad Software, Inc., San
Diego, Calif, USA). Total P-uptake in each bacterial treat-
ment was compared to the corresponding control without
bacterial inoculation with the unpaired t-test (GraphPad
Software, Inc.). Values were considered significantly different
at P < .05. The D’Agostino and Pearson normality test
(GraphPad Software, Inc.) indicated a Gaussian distribution
among the values in the different data sets, hence justi-
fying the use of ANOVA and t-test analyses. Interactions
between the different factors among the treatments (e.g.,
cell concentrations, fungal, and bacterial species, resp.) were
evaluated by factorial ANOVA (GraphPad Software, Inc.).
The potential relationships between the level of AM fungal
colonization and total P-uptake were investigated by linear
and nonlinear regression (curve fit; GraphPad Software, Inc.)
using the values of all single replicated samples.

3. Results

3.1. Plant Emergence and Early Development. Three weeks
after sowing, the number of emerging plants (27–67%) in
each pot and the lengths of the longest shoot of individual
plants were estimated (Figure 1). Addition of bacteria, alone
or in combination with G. mosseae, had no significant effect
on plant emergence, with the exception of B1, whereby we
observed a significantly lower number of emerging plants
at a concentration of 108 bacteria per 10 g of seeds than
in the treatment without bacterial addition (P < .05;
data not shown). Application of bacterial strains B1, B4,
and PB177 (at the higher cell concentration) resulted in
significantly shorter plants, compared to the control without
bacteria inoculated (P < .01; Figure 1), whereas no marked
differences (P > .05) between bacterial treatments and
control were observed at the lower inoculation concentration
(106; Figure 1). Moreover, no effects were observed by G.
mosseae alone or in combination with the bacteria except that
the growth retardation of P. polymyxa strains B1 and B4 and
P. brasilensis PB177 at the 108 level disappeared.

3.2. Plant Biomass at Harvest. Most P. polymyxa strains,
but not P. brasilensis PB177, dramatically promoted root
biomass at a concentration of 106 cells per 10 g of seeds
(Figure 2). The highest increase (2.6-fold) was induced by
strain B4. Strain B3 additionally resulted in significantly
larger root systems, compared to the control without bacte-
rial inoculation (P < .01). At the higher cell concentration
(108), the same P. polymyxa strains (B3 and B4) yielded
roots with lower weights (P < .05 at 108), compared to
lower bacterial numbers. No marked differences between
any bacterial treatments and control without inoculated
bacteria were, however, observed. Combinations of bacterial
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Figure 1: Average lengths of emerged wheat plant shoots, 3 weeks after sowing, inoculated with G. mosseae and/or different paenibacilli
strains (B1–B4 and PB177) at concentrations of 106 or 108 bacterial cells 10 g−1 of seeds or left untreated. The same letters above the bars
indicate treatments with no significant differences (P > .05). Error bars represent the standard error of the mean.
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Figure 2: Average dry weight of roots at harvest (15 weeks) from wheat plants inoculated with G. mosseae and/or different paenibacilli
strains (B1–B4 and PB177) at concentrations of 106 or 108 bacterial cells 10 g−1 of seeds or left untreated. The same letters above the bars
indicate treatments with no significant differences (P > .05). Error bars represent the standard error of the mean.

treatments and G. mosseae induced no specific effects on root
growth at either concentration (Figure 2).

As to shoots, bacterial treatments alone (at either cell
level) did not significantly reduce biomass, although alloca-
tion of C resources to roots (Figure 2) had in some cases (e.g.,
B3 and B4 at the 106 cell level) clearly taken place (Figure 3).
A nonsignificant reduction in shoot biomass was generally
observed in the treatments with low level of inoculated bac-
teria and no AMF compared to the corresponding treatments
with added AMF. However, for the treatments containing
inoculated P. brasilensis at the lower cell concentration, a

significant increase in shoot biomass was seen when G.
mosseae was inoculated (Figure 3). No significant effects were
evident at the higher cell concentration (108).

3.3. Fungal Root Colonization. Pots with added spores of G.
mosseae had 26% root colonization by typical arbuscular
mycorrhizal fungi (Figure 4). No mycorrhizal fungal hyphae
were observed in control treatments without added AMF.
Coinoculation with a low concentration of strain B4 (106)
with AMF led to significantly increased AM fungal root
colonization (P < .01), compared to the control with
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Figure 3: Average dry weight of shoots at harvest (15 weeks) from wheat plants inoculated with G. mosseae and/or different paenibacilli
strains (B1–B4 and PB177) at concentrations of 106 or 108 bacterial cells 10 g−1 of seeds or left untreated. The same letters above the bars
indicate treatments without significant differences (P > .05). Error bars represent the standard error of the mean.
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AMF but without bacterial inoculation. Inoculation with
similar concentrations of strains B1, B2, and PB177 did not
significantly affect fungal colonization, whereas B3-treated
plants showed lower fungal colonization than the control
without added bacteria (P < .05). At high concentrations
(108), all P. polymyxa strains (B1–B4) significantly and
remarkably enhanced the AM fungal root colonization levels
(P < .001; up to 3-fold in the case of B1 and B4), while
no effect was observed upon inoculation with P. brasilensis
PB177. The increase in root colonization of G. mosseae was
significantly higher at 108 cells 10 mL−1 than at the lower
level (106) for the strains B1, B3, and B4.

3.4. Phosphorus Content in Roots and Shoots. In plants
inoculated with lower bacterial cell concentrations (106)
without fungal inoculation, the phosphorus content in roots
was significantly higher for strains B2, B3, and B4 at harvest,
compared to the control without added bacteria (P <
.05). The largest increase (about 2-fold) was observed with
strains B3 and B4 (Figure 5(a)). No significant effects were,
however, noted in roots at the higher (108) inoculation level
(Figure 5(a)). The P-content patterns for roots and shoots
were reversed in bacterial treatments combined with G.
mosseae (Figure 5(b)). In most cases, combined treatment
with bacteria and AM fungi decreased P-content in roots
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Figure 5: (a) Total phosphorus (milligram per plant) at harvest (15 weeks) in triplicate samples of wheat plant roots inoculated with or
without G. mosseae or left untreated. Paenibacilli strains (B1–B4 and PB177) were added at a concentration of 106 or 108 bacterial cells
10 g−1 of seeds. Treatments that were significantly altered from control pots without added bacteria, as assessed with the unpaired t-test, are
indicated as ∗P < .05. Error bars represent the standard error of the mean. (b) Total phosphorus (milligram per plant) at harvest (15 weeks)
in triplicate samples of wheat plant shoots inoculated with or without G. mosseae or left untreated. Treatments and tests as in Figure 5(a).

compared with bacteria only, whereas the opposite occurred
for shoots, with an observed increase in three out of five
bacterial treatments. At higher bacterial levels (108), bacterial
combinations with AM fungi mostly increased P-uptake both
in roots and shoots. The P-content in shoots was clearly
significantly higher for the strain B4 in comparison with the
control with only AMF (Figure 5(b)). The AM fungus itself
did not significantly alter the P-content in either roots or
shoots, compared to untreated control.

We studied the differences between the total P-content
of wheat plants (data from Figures 5(a) and 5(b)) and

the mycorrhizal fungal root colonization level (Figure 4) in
untreated controls and treatments with AM fungus plus
various bacteria (106 and 108 cells per 10 g of seeds).
Significant positive correlation (r = 0.61, P < .01) was
observed between mycorrhizal fungal colonization with P.
polymyxa strains B1–B4 and P-content (Figure 6). Addition
of strain PB177 lowered the correlation coefficient and, thus,
did not contribute significantly and was, therefore, excluded.
G. mosseae alone (neither included in Figure 6) did not affect
the total P-level of the plant host, compared with untreated
control, and although root colonization was 26% it did not
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differ from absolute uninoculated control in terms of total
P-uptake. Accordingly, we conclude that most P. polymyxa
strains, B4 in particular, enhance both mycorrhizal fungal
colonization and total P-content of treated wheat plants.

3.5. Phosphorus Solubilizing Capacity of Bacterial Strains. All
bacterial strains displayed good ability to solubilize inorganic
phosphate, as evident from the formation of distinct clear
zones around colonies on Pikovskaja’s agar. Differences in
capacity (SI at about 3) between strains were marginal (data
not shown), and thus not statistically significant (P > .05).

3.6. Statistical Analyses. Statistical analyses of results at
harvest showed no significant differences between blocs
regarding P-uptake, plant growth, or AMF root colonization.
Interactions between treatments at harvest neither reached
statistically significant levels as evaluated by factorial ANOVA
(results not shown).

4. Discussion

The harvest data, before flowering, significantly demonstrate
that most P. polymyxa strains strongly stimulate root growth
at low bacterial numbers (106), but not much at 108 level
and not by the P. brasilensis strain (PB177) at either level.
However, this was not evident when bacterial inoculations
were combined with G. mosseae, indicating less C-allocation
to roots. The direct influence of the P. polymyxa strains on
root growth is possibly due to a combination of increased
P-uptake and hormonal effects, for example, bacterial pro-
duction of cytokinins [25]. The strong and intimate natural
association between wheat plant roots and P. polymyxa was
detected a few decades ago [22, 23, 34].

In the current study, most bacterial inoculations alone
(106 and 108) suppressed shoot development. In contrast,
dual inoculation of Paenibacillus with G. mosseae stimulated
shoot growth by most strains, including P. brasilensis, at low
(106) but not at high (108) bacterial levels. These results
further emphasize the importance of the actual interactions
between Paenibacillus and AMF for beneficial effects on
plant growth. The finding is partly in keeping with our
earlier results [8] showing no pronounced effects on shoot
or root growth of winter wheat when G. mosseae and G.
intraradices were combined with high levels of P. brasilensis
PB177 (108). However, our group (Hjort, Arthurson and
Granhall, unpubl.) found that this strain alone at high
bacterial cell numbers could lead to complete inhibition of
winter wheat seed germination if infested with snow mould
(Monographella nivalis (Schaffnit) E. Müll), in contrast to
P. polymyxa. This finding indicates that the plant host-
bacterial associations studied are sensitive to strain specificity
and the total numbers of bacteria inoculated. Inoculation
levels above 106 per 10 g of seeds could thus sometimes
have negative consequences. The presence of the AM fungus
however, attenuated this negative effect in the current study.

One of the P. polymyxa strains, B4, investigated exerted
strong stimulatory effects on AM colonization rates at both
cell densities. At high inoculation levels, all other P. polymyxa
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Figure 6: Non-linear regression analysis showing a significant pos-
itive correlation (P < .01) between total P-content in wheat plants
and mycorrhizal fungal root colonization, in combination with all
P. polymyxa strains (B1–B4) at harvest (15 weeks). The untreated
control without added microorganisms (no AMF colonization) is
included. Other treatments were omitted as they did not signifi-
cantly affect total P-content. Black circles represent strains added
at a concentration of 106 bacterial cells 10 g−1 of seeds, whereas grey
circles correspond to added amounts of 108 bacterial cells 10 g−1 of
seeds. Error bars represent the standard error of the mean.

strains (but not P. brasilensis) also promoted mycorrhizal
root colonization. The total levels of AMF root colonization
were thus highest (over 70% of roots) at high inoculation
levels of P. polymyxa. In another experiment with slightly
different conditions [8], also P. brasilensis was shown to
stimulate the mycorrhizal root colonization (by G. mosseae
and G. intraradices) which was not the case in the present
study.

However, plant shoot growth in the present study was
not significantly related to root colonization level or P-
uptake. The reason was possibly that the experiment ended
before flowering since much transfer of nutrients (both N
and P) occur during maturing stages. Inoculation with low
levels of all P. polymyxa strains in the absence of AM fungi
enhanced the total P-content in roots, but not in shoots.
At high levels, the results were quite variable. However, as
previously remarked, in combination with G.mosseae, P-
levels displayed an opposite trend, that is, lower content in
roots but mainly increased in shoots. This is probably a
reflection of the influence of the hormonal effects of the AM
fungus on P-allocation within the plant [35]. The changes
in total plant P-levels were highly correlated with the AMF
colonization level of P. polymyxa strains (at both levels). This
finding indicates that most P. polymyxa strains not only act as
“mycorrhiza helper bacteria” (MHB) [36, 37], for example,
through increased spore germination and mycelial growth
[36], but also that specific combinations (e.g., P. polymyxa
strain B4 plus G. mosseae) significantly enhance P-uptake
by the host wheat plant. In consistency, other groups have
shown a similar increase in plant P-uptake resulting from
phosphate-solubilizing bacteria and AMF for other plant
hosts [38, 39]. Notably, these effects were not observed with
P. brasilensis PB177 in the present study.
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The apparent difference between the two bacterial species
may be attributed to a higher plant specificity of bacteria
isolated from the actual plant host (all P. polymyxa strains
were isolated from wheat whereas brasilensis PB177 was
isolated from maize). Interestingly, the AMF alone did not
affect the total P-levels of the plants, compared with the
treatment without AMF in contrast to many data obtained
from studies under natural nonsterile conditions [38, 40, 41].
Based on these results, we propose that only the bacteria,
which were all efficient phosphosolubilizers, and not the AM
fungus released P from actual P-deficient soil. In contrast,
others claim that AMF are themselves involved in release
of P from insoluble sources [42, 43]. In cases where only
bacteria (P. polymyxa strains) were present, root growth
was highly stimulated and the total P-content increased in
the roots, whereas little transfer to the shoots occurred.
On the other hand, the dual presence of G. mosseae and
P. polymyxa appeared to have initiated a change in the
P-allocation patterns from roots to shoots [35]. A longer
duration of the experiment (up to grain filling) would have
been needed to verify this. Practical field applications of
some of the P. polymyxa strains used in this study have
been previously shown to stimulate final grain harvest and
N-contents in both wheat and barley [44]. The mechanism
of P-solubilization of the bacteria in the present study was
lowering of the pH by production of organic acids (not
analysed in detail).

In conclusion, we demonstrate the following:

(i) Inoculation levels and specificities of bacterial strains
are crucial in determining effective combinations
for associations between AM fungi, MHB/PGPR
bacteria, and plant hosts, such as wheat. Certain
bacterial strains (e.g., P. polymyxa strain B4) exerted
its highest effect on total P-uptake and AM fungal
root colonization at high (108) levels, demonstrat-
ing that optimal combinations of PGPR (strain
specificity and concentration) and normally present
(e.g., G. mosseae) or added AMF can be found and
further developed for practical application. Optimal
parameters still need to be identified and further
investigation of the specific interactions of certain
Paenibacillus strains with different AMF is therefore
warranted.

(ii) All P. polymyxa strains isolated from the particular
plant host (wheat) stimulated root growth and P-
content in roots and increased mycorrhizal root
colonization by G. mosseae, thus acting as MHB.
The confirmed release of P from insoluble sources
(in vitro) and P-deficient soils (this study) enhances
total P-uptake in wheat plants either directly (root
association) [23] or through interactions with the
AM fungus [9]. In this study, the AM fungus mainly
acted in transport and allocation of P released by the
bacteria. It should be interesting to monitor the fate
of the Paenibacillus bacteria during the plant growth,
possibly contributing to an increased understanding
of these tripartite interactions.

Acknowledgments

The authors are grateful to Maria Hellman for valuable
advice and assistance with the harvesting of roots and shoots.
This work was supported by grants from the Swedish Re-
search Council for Environment, Agricultural Sciences and
Spatial Planning (FORMAS).

References

[1] V. Artursson, R. D. Finlay, and J. K. Jansson, “Interactions
between arbuscular mycorrhizal fungi and bacteria and their
potential for stimulating plant growth,” Environmental Micro-
biology, vol. 8, no. 1, pp. 1–10, 2006.

[2] P. Bonfante and I.-A. Anca, “Plants, mycorrhizal fungi,
and bacteria: a network of interactions,” Annual Review of
Microbiology, vol. 63, pp. 363–383, 2009.

[3] M. Miransari, “Interactions between arbuscular mycorrhizal
fungi and soil bacteria,” Applied Microbiology and Biotechnol-
ogy, vol. 89, no. 4, pp. 917–930, 2011.

[4] L. Carpenter-Boggs, T. E. Loynachan, and P. D. Stahl, “Spore
germination of Gigaspora margarita stimulated by volatiles of
soil-isolated actinomycetes,” Soil Biology and Biochemistry, vol.
27, no. 11, pp. 1445–1451, 1995.

[5] B. A. Daniels and J. M. Trappe, “Factors affecting spore
germination of the vesicular-arbuscular mycorrhizal fungus,
Glomus epigaeus,” Mycologia, vol. 72, no. 3, pp. 457–471, 1980.

[6] K. Mayo, R. E. Davis, and J. Motta, “Stimulation of germi-
nation of spores of Glomus versiforme by spore-associated
bacteria,” Mycologia, vol. 78, no. 3, pp. 426–431, 1986.

[7] B. Mosse, “The regular germination of resting spores and some
observations on the growth requirements of an Endogone sp.
causing vesicular-arbuscular mycorrhiza,” Transactions of the
British Mycological Society, vol. 42, pp. 273–286, 1959.
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Mycobacterium isolates obtained from PAH-contaminated and uncontaminated matrices were evaluated for their ability to degrade
three-, four- and five-ring PAHs. PAH enrichment studies were prepared using pyrene and inocula obtained from manufacturing
gas plant (MGP) soil, uncontaminated agricultural soil, and faeces from Macropus fuliginosus (Western Grey Kangaroo). Three
pyrene-degrading microorganisms isolated from the corresponding enrichment cultures had broad substrate ranges, however,
isolates could be differentiated based on surfactant, phenol, hydrocarbon and PAH utilisation. 16S rRNA analysis identified all
three isolates as Mycobacterium sp. The Mycobacterium spp. could rapidly degrade phenanthrene and pyrene, however, no strain
had the capacity to utilise fluorene or benzo[a]pyrene. When pyrene mineralisation experiments were performed, 70–79% of
added 14C was evolved as 14CO2 after 10 days. The present study demonstrates that PAH degrading microorganisms may be
isolated from a diverse range of environmental matrices. The present study demonstrates that prior exposure to PAHs was not a
prerequisite for PAH catabolic activity for two of these Mycobacterium isolates.

1. Introduction

Polycyclic aromatic hydrocarbons (PAHs) are ubiquitous
environmental pollutants that have been widely distributed
as a result of anthropogenic activities including the com-
bustion of fossil fuels and organic matter, coal liquefaction
and gasification processes, oil seepage, and accidental spillage
of hydrocarbons [1, 2]. Due to their acute toxicity and/or
mutagenic, teratogenic, or carcinogenic properties [3–5],
there is toxicological concern about the presence of PAHs
in the environment. As a result, the need to develop inex-
pensive and practical remediation technologies for PAH-
contaminated soil is evident.

Over the past 20 years, bioremediation has been pro-
moted as a potential economic strategy for the remediation
of PAH-contaminated soil. A wealth of information has accu-
mulated in the scientific literature on bacterial PAH degra-
dation including rate and extent of degradation, metabolic

pathways, molecular mechanisms of PAH degradation, and
application of these organisms to bioremediation strategies.
A number of papers have reviewed the catabolic diversity
of bacterial, fungal, and algal degradation of PAHs [6–8],
whilst the review of Juhasz and Naidu [2] focussed on the
microbial degradation of benzo[a]pyrene. It is apparent from
these reviews and earlier suggestions by Kastner et al. [9], that
nocardioform bacteria, in particular Mycobacteria, may play
a crucial role in the biodegradation of PAHs.

Traditionally, organisms for PAH bioremediation have
been sourced from environments contaminated with the
target pollutant(s) on the assumption that there is a better
likelihood for these organisms to have potential to degrade
PAHs. It is thought that the contaminated environment
exerts a selective pressure for organisms with the metabolic
capability to degrade the target compound as a carbon
and energy source and that the likelihood of isolating an
organism with degradative capabilities from these sources is
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greater than uncontaminated sources [10]. However, PAH-
degrading organisms may be isolated from uncontaminated
sources as exemplified by the research of Kanaly et al. [11]
and Juhasz and Naidu [12].

In this study, PAH enrichment cultures were prepared
in an attempt to isolate pyrene-degrading microorganisms
from contaminated (manufactured gas plant soil) and
uncontaminated (agricultural soil and kangaroo faeces)
sources. Isolated microorganisms were identified by sequenc-
ing 16S rRNA gene and substrate utilisation patterns charac-
terised using a microtitre plate method. In addition, the rate
and extent of pyrene mineralisation by the isolated microor-
ganisms was compared to a known pyrene-degrading
Mycobacterium sp. (strain 1B) in 14C-pyrene experiments.

2. Materials and Methods

2.1. Media, Stock Solutions, and Growth Conditions. Enrich-
ment and PAH degradation studies utilised a Basal Salts
Medium (BSM) supplemented with PAHs [13]. In some
cases, BSM was supplemented with yeast extract (0.05 g/L)
(BSMY) and when solid media was required, 15 g Bacterio-
logical Agar 1 (oxide) was added prior to autoclaving.

PAH stock solutions were prepared in dimethylfor-
mamide (DMF) at the following concentrations: 5 mg/mL,
anthracene, benz[a]anthracene, benzo[a]pyrene, chrysene,
dibenz[a,h]anthracene and fluoranthene; 10 mg/mL, flu-
orene; 25 mg/mL, phenanthrene and pyrene. BSM was
supplemented with individual PAHs to achieve final con-
centrations of 50 mg/L for anthracene, benz[a]anthracene,
benzo[a]pyrene, chrysene, dibenz[a,h]anthracene and fluo-
ranthene, 100 mg/L for fluorene and 250 mg/L for phenan-
threne and pyrene. Cultures were incubated at 30◦C and
150 rev/min in the dark.

2.2. Source of Inocula. A range of PAH-contaminated and
uncontaminated materials were obtained as a source for
bacterial inocula. Manufactured gas plant (MGP) soil (0–
20 cm) was collected from the site of a former manufactured
gas plant in Glenelg, South Australia. Uncontaminated
agricultural soil (0–20 cm) was collected from the boundary
of a field used for the cultivation of wheat and pea straw
in Kanmantoo, South Australia. No industrial activity had
been undertaken in the near vicinity of the agricultural plot.
Table 1 provides an outline of selected soil properties of MGP
and uncontaminated agricultural soil. In addition, six pellets
(20 g) of fresh kangaroo faeces (Western Grey Kangaroo,
Macropus fuliginosus) were collected from the soil surface at
Upper Sturt, South Australia.

All samples were stored at 4◦C until required. In addition
to the above inoculum sources, Mycobacterium sp. strain 1B,
was used for the comparison of PAH degradative ability. The
strain was isolated by Dandie et al. [14] and was capable of
degrading phenanthrene, fluoranthene, and pyrene as sole
sources of carbon and energy.

2.3. Enrichment and Isolation of PAH-Degrading Bacteria.
Bacterial inocula were prepared by shaking 20 g (wet weight)

Table 1: Soil properties of manufacturing gas plant soil and
uncontaminated agricultural soil.

Parameter Agricultural soil Manufactured gas
plant soil

Nutrients—% (w/w)

Total Kjeldahl Nitrogen 0.16 0.42

Boron <0.001 <0.001

Calcium 0.18 0.44

Copper <0.01 <0.01

Iron 2.2 2.7

Potassium 0.47 0.22

Magnesium 0.38 0.20

Manganese 0.03 0.02

Sodium 0.02 0.02

Phosphorus 0.02 0.02

Sulphur <0.01 0.41

Zinc <0.01 0.02

PAHs (mg kg−1)

Naphthalene <0.10 32

Acenaphthylene <0.10 9.0

Acenaphthene <0.10 6.3

Fluorene <0.10 12

Phenanthrene <0.10 52

Anthracene <0.10 43

Fluoranthene <0.10 64

Pyrene <0.10 120

Benz(a)anthracene <0.10 110

Chrysene <0.10 90

Benzo(b)fluoranthene <0.10 120

Benzo(k)fluoranthene <0.10 79

Benzo[a]pyrene <0.10 94

Indeno(1,2,3-CD)pyrene <0.10 180

Dibenz(a,h)anthracene <0.10 10

Benzo(g,h,i)perylene <0.10 70

Total PAH <0.10 1100

of each inoculum source in 100 mL of Phosphate Buffered
Saline (PBS) (g/L: 80 g NaCl; 2 g KCl; 14.4 g Na2HPO4;
2.4 g KH2PO4) overnight at 30◦C and 150 rev/min in the
dark. Following shaking, the samples were left to settle
for 1 hour then 5 mL of the supernatant was transferred
to BSM (45 mL) containing pyrene at a concentration of
250 mg/L. Enrichments were incubated for up to 10 weeks.
Following visible growth of inocula, aliquots of enrichment
cultures (5 mL) were aseptically transferred to fresh pyrene-
containing medium and incubation continued. This enrich-
ment procedure was repeated for three successive transfers.

Following enrichment, culture supernatants (0.1 mL)
were plated onto BSM or BSMY agar plates containing
pyrene (250 mg/L). Plates were incubated at 30◦C and
routinely checked for zones of PAH clearing surrounding
colonies. Bacterial colonies showing zones of PAH clearing
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were transferred to BSMY-pyrene plates until pure cultures
were isolated.

2.4. Identification of PAH-Degrading Bacteria–16S rRNA
Analysis. Total DNA was extracted from isolates grown on
Luria Bertani Agar (g/L: 10 g Tryptone; 5 g Yeast Extract; 10 g
NaCl; pH 7.0) using the DNeasy Plant Mini Kit (Qiagen, Calif
USA) as per the manufacturer’s instructions. 16S ribosomal
DNA was amplified (Perking Elmer Thermal Cycler PE 9700)
using the following primer sets (Geneworks, Hindmarsh
SA):

(i) fD1 (5′-AGA GTT TGA TCC TGG CTC AG-3′) [15]

(ii) rD1 (5′-AAG GAG GTG ATC CAG CC-3′) [15]

(iii) 27f (5′-AGA GTT TGA TCM TGG CTC AC-3′)

(iv) 765r (5′-TAC GGY TAC CTT GTT ACG ACTT-3′)

The PCR products obtained were purified using Promega
(MD, USA) Wizard PCR Preps DNA Purification System
Kit (for fD1 and rD1) or MoBio UltraClean PCR clean
up kit (Geneworks) (for 27f and 765r). Purified DNA
samples were sequenced by the Flinders University of South
Australia/Flinders Medical Centre DNA Sequencing Core
Facility (Department of Haematology, FMC, Adelaide). The
consensus sequence was entered into the National Centre
of Biotechnology Information (NCBI) database using the
nucleotide BLAST (Basic Local Alignment Search Tool) and
the nearest relatives identified. Phylogenetic trees of bacterial
strains were constructed using Phylip Neighbour Joining
method on Ribosomal Database Project II (RDP).

2.5. Preparation of Bacterial Inocula for Degradation Exper-
iments. Bacterial inocula for degradation experiments were
prepared in BSM containing pyrene (250 mg/L) as the sole
source of carbon and energy. Cultures were incubated for
7 to 14 days then biomass was harvested by centrifugation
(14,470 ×g for 10 minutes at 4◦C). Cell pellets were washed
twice in BSM (20 mL), recentrifuged after each wash, then
resuspended in BSM (20 mL).

2.6. Characterisation of Substrate Range for PAH-Degrading
Bacteria. The ability of PAH-degrading bacteria to grow on a
range of substrates was tested using a microtitre plate system.
PAH-degrading bacteria (20 μL) were inoculated into 96 well
microtitre plates containing BSM (170 μL) and 10 μL of a
particular test substrate. Substrates selected included carbo-
hydrates, PAHs, PAH degradation products, surfactants, and
organic environmental contaminants. Substrates were added
to BSM to achieve a final concentration of 50 mg/L. Wells
containing BSM without substrates and R2A media were
used as negative and positive controls. All substrates were
sterilised prior to use by either filtration (0.22 μm, Millipore)
or autoclaving. Microtitre plates were incubated at 30◦C
for up to 7 days. Growth at the expense of the supplied
substrate was determined based on the presence or absence
of observed turbidity. In wells where residual substrate
obscured bacterial growth or where turbidity was difficult to
distinguish, iodonitrotetrazolium chloride (INT; 10 mg/mL)

was added and incubated for a further 60 minutes at 30◦C.
Development of a red pigmentation indicated microbial
activity and was scored positive for substrate utilisation.

2.7. Degradation of PAHs in Liquid Culture. Bacteria isolated
from enrichment studies were tested for their ability to
degrade a range of PAHs in liquid medium. Replicate serum
bottles containing BSMY (9.9 mL) supplemented with indi-
vidual PAHs (100 mg/L fluorene; 250 mg/L phenanthrene
and pyrene; 50 mg/L fluoranthene and benzo[a]pyrene) were
inoculated with 100 μL of the cellular biomass resulting in a
final cell density of approximately 105 cells/mL.

Controls consisted of inoculated media without PAHs
(supplemented with 0.1 mL DMF) and mercuric chloride
killed culture with PAH additions. Incubations were per-
formed in triplicate for each set of culture conditions. Bottles
were incubated and samples removed for analysis (depending
on PAH supplied) after 2, 4, 5, 8, 10, 15, 20, 28, and 50 days.
Growth at the expense of PAHs was established by a most
probable number technique (five replicate inoculations)
using 96-well microtitre plates containing R2A medium.
Following incubation (30◦C for up to 7 days), growth was
scored by observing the presence or absence of turbidity in
wells. The viable count was estimated from the results using
statistical tables [16].

2.8. Mineralisation of Pyrene in Liquid Culture. Bacte-
rial isolates were assessed for their ability to mineralise
[4,5,9,10-14C] pyrene (Sigma-Aldrich) in duplicate biometer
flasks. Unlabelled pyrene was added to BSMY (20 mL)
to achieve a final concentration of 250 mg/L. Each flask
was also supplemented with 1.0 μCi of [4,5,9,10-14C]
pyrene (58.7 mCi/mmol). Media was inoculated with cellular
biomass resulting in a final cell density of approximately
106 cells/mL. Cultures were incubated for 10-days with
pyrene mineralisation determined by monitoring the distri-
bution of 14C in the culture medium, biomass and gaseous
phase.

2.9. Extraction and Quantification of PAHs. PAHs were
extracted from culture medium using dichloromethane
(DCM) (3 mL) and benzo[b]fluorene (100 μL of 1000 μg/
mL) according to Juhasz et al. [13]. Extracts (1 mL) were
added to amber glass vials (Varian) and stored at −20◦C
before analysis by gas chromatography equipped with flame
ionisation detection (GC-FID).

The PAH concentration in DCM extracts was quantified
using a Varian Star CP-3800 GC-FID equipped with an
EC-5 ECONO-CAP capillary column (30 m × 0.25 mm,
Alltech, Australia). Injector and detector temperatures were
maintained at 320◦C and 330◦C, respectively, while the
oven temperature was programmed at 200◦C for 1 minute,
followed by a linear increase of 10◦C per minute to 300◦C
and held for 10 minutes [14]. The GC-FID quantification
procedure used was similar to the USEPA 8100 method
for PAH analysis [17]. The external standard method was
used for quantification while benzo[b]fluorene was used as
a recovery surrogate. Recovery of benzo[b]fluorene during
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PAH quantification ranged from 95–100% for liquid culture
extractions with replicate analysis of the same sample
showing a standard deviation of less than 1%.

2.10. Detection of Radioactivity. 14CO2 from experiments
conducted with [4,5,9,10-14C] pyrene was collected in a
0.1 M NaOH traps (5 mL) contained in the side arm of
biometer flasks. At various time points, the NaOH trap
was completely removed for analysis and replaced by fresh
NaOH. At the completion of the mineralisation experiments,
10 M HCl (0.5 mL) was added to the medium to liberate any
residual 14CO2. Duplicate aliquots (1 mL) of NaOH traps
were added to Readysafe liquid Scintillation cocktail (9 mL;
Beckman-Coulter, USA) and analysed for radioactivity on
a Beckman Scintillation Counter. To obtain a 14C mass
balance, the culture fluid was centrifuged (3,620 ×g for 10
minutes) and duplicate aliquots of the culture supernatant
(1 mL) were removed and added to Readysafe scintillation
cocktail (9 mL) for analysis of radioactivity. Cell pellets
were extracted with DCM (5 mL) and the beta emissions
measured. Finally, to determine the amount of 14C incor-
porated into cellular biomass, cell debris was washed and
resuspended in Milli-Q water (5 mL) and duplicate aliquots
(1 mL) added to Readysafe liquid scintillation cocktail (9 mL)
for analysis of radioactivity.

2.11. Statistical Analysis. Prior to statistical analysis, data
were tested for normality and homogeneity using SPSS v.14
for Windows. Analysis of variance was conducted at α = 0.05
to determine the treatment significance for each parameter
for each isolate. Treatment means showing significance were
separated using Tukey’s Multiple Comparisons test at 5%
level of significance. Pearson correlations (rp) (2-tailed) were
preformed to describe the relationship between measured
microbial abundance and PAH removal.

3. Results

3.1. Isolation of PAH-Degrading Bacteria. Three pyrene-
degrading bacteria were isolated from PAH enrichment
cultures containing manufactured gas plant soil, uncontam-
inated agricultural soil, and kangaroo faeces as the inocula.
These organisms grew rapidly and produced distinct clearing
zones on BSMY-pyrene plates. The ability of these isolates
to degrade pyrene was confirmed following inoculation of
individual microorganisms into BSMY-pyrene broths and
subsequent visual detection in reduction of pyrene and
increase in cellular biomass. All three isolates were Gram
positive and morphologically similar. Colonies were circular
(≤2 mm in diameter) with a smooth/mucoid surface and
entire edge. Their pigment and opacity ranged from cream
to yellow/orange and translucent to opaque.

3.2. Identification of PAH-Degrading Bacteria. Identification
of PAH-degrading isolates was performed using 16S rRNA.
PCR products were amplified from the uncontaminated
agricultural soil isolate using the fD1-rD1 primer set while
an alternative primer set (27f-765r) was used for the man-
ufacturing gas plant soil and kangaroo faeces isolates. The

identity of these sequences were determined using BLAST
similarity search accessed through NCBI database. Results
of this identity search revealed that the sequence obtained
from this isolate showed highest similarity to Mycobacterium
spp. (Table 2). The isolates were given the following strain
identifiers based on their enrichment source:

(i) uncontaminated agricultural soil isolate: Mycobac-
terium sp. Strain KA5

(ii) manufactured gas plant soil isolate: Mycobacterium
sp. Strain BS5

(iii) kangaroo faeces isolate: Mycobacterium sp. Strain
KF4.

3.3. Substrate Range of PAH-Degrading Bacteria. Myco-
bacterium sp. strains KA5, BS5, and KF4 were all able
to utilise a broad range of carbohydrates (Table 3). No
differentiation between the three isolates could be made
based on carbohydrate utilisation. Similarly, substrate
utilisation patterns for potential PAH metabolites were
similar for Mycobacterium sp. strains KA5, BS5, and KF4.
None of the isolates were able to utilise protocatechuic acid,
maleic acid cinnamic acid, d-pantothenic acid, or phthalic
acid. Mycobacterium sp. strain BS5 could be differentiated
from strains KA5, and KF4 by its inability to grow on the
chlorinated aromatic 3-chlorobenzoate. Greater variation
between these isolates was observed in substrate utilisation
experiments with surfactants, phenols, hydrocarbons, and
PAHs supplied as sole carbon and energy sources (Table 4).
Mycobacterium sp. Strain BS5 could be differentiated from
strains KA5 and KF4 by its inability to grow on the surfactant
Tergitol NP-10 while Mycobacterium sp. Strain KF4 could
be differentiated from strain KA5 by its inability to grow
on Tween 80. None of the isolates were able to utilise
phenols as growth substrates, however, all Mycobacterium
sp. strains were able to grow on monoaromatics, n-alkanes,
and diesel. Slight differences in substrate utilisation patterns
were observed for PAHs. No isolate was able to grow on
naphthalene, acenaphthylene, fluorene and benzo[a]pyrene,
however, growth was observed on phenanthrene, pyrene,
fluorene, benz[a]anthracene, and dibenz[a,h]anthracene.
Mycobacterium sp. strain BS5 could be differentiated from
strains KA5 and KF4 by its inability to grow on chrysene
while strain KA5 could be differentiated from strain KF4 by
its inability to grow on anthracene (Table 4).

3.4. PAH Degradation. The PAH catabolic potential of
Mycobacterium sp. strains KA5, BS5, and KF4 were assessed
over a time course period in BSMY supplemented with
individual PAHs. In addition, the PAH degradative profile
of Mycobacterium sp. Strain 1B, a PAH-degrading bacterium
isolated by Dandie et al. [14], was also assessed for compar-
ison. During degradation experiments, abiotic removal of
PAHs was minimal in uninoculated or mercuric chloride-
killed controls with the exception of fluorene cultures
where a 53 ± 7% decrease was observed presumable due
to volatilisation. Degradation experiments confirmed the
inability of Mycobacterium sp. strains KA5, BS5 and KF4
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to grow on and degrade fluorene (Table 5) as observed in
substrate utilisation experiments.

3.5. Phenanthrene Degradation. All four Mycobacterium
species were capable of removing significantly greater con-
centration of phenanthrene from BSMY compared with
abiotic loss (P < .001) after 14 days incubation. Variation
between isolates was observed in the lag period preceding
degradation and the rate of degradation. Degradation lag
periods were not observed for Mycobacterium sp. strains
BS5, KA5, and KF4 following inoculation into medium
containing phenanthrene (250 mg L−1) (Figure 1(a)). For
Mycobacterium sp. strains BS5 and KA5, degradation was
rapid with >98% of phenanthrene being removed after 4
days, while complete removal of phenanthrene in cultures
inoculated with Mycobacterium sp. Strain KF4 required 8
days. A four-day lag period before the onset of phenanthrene
degradation was observed for Mycobacterium sp. Strain 1B
after which phenanthrene was rapidly removed, reducing
from 237 ± 17 mg/L at day 4 to 19 ± 2 mg/L at day 11.

Phenanthrene removal corresponded with an increase
in microbial numbers in cultures inoculated with Mycobac-
terium sp. strains BS5, KA5 and KF4. Microbial numbers
increased by an order of magnitude during phenanthrene
degradation (from 1.5× 105 to 2.5× 106 cells/mL), however,
following the removal of phenanthrene, decreased to initial
values. This trend was not shown to be a significant
correlation (P > .05), however it is important to note that
the majority of contaminant removal occurred in the initial
stages of experiments, and this infers that correlations at later
time points may not reflect the true relationships between
these parameters as they relate to degradation and microbial
growth. In cultures inoculated with Mycobacterium sp. Strain
1B, microbial numbers decreased following inoculation and
did not recover until after the degradation lag period. After
this period, microbial numbers gradually increased resulting
in microbial numbers similar to those at the commencement
of degradation experiments (2.5 × 105 cells/mL). For this
species a significant negative correlation between microbial
abundance and phenanthrene degradation was shown (rp =
−0.8309, P = .04).

3.6. Fluoranthene Degradation. The greatest variation in
PAH degradative capacity was observed in experiments con-
ducted with fluoranthene (50 mg/L) (Figure 1(b)). While all
species were able to degrade significantly greater concentra-
tion of fluoranthene compared with abiotic loss (P ≤ .001),
interspecies variation in endpoint degradation outcomes
was noted. Complete removal of fluoranthene was observed
in cultures inoculated with Mycobacterium sp. Strain 1B
following a 20-day incubation period. The other Mycobac-
terium species had a decreased ability (P < .001) to remove
fluoranthene from BSMY: over the 20-day incubation period,
60%, 24% and 20% of fluoranthene was removed by
Mycobacterium sp. strains KA5, BS5, and KF4, respectively.

Fluoranthene removal in all experiments was preceded
by an extended degradation lag period. Reductions in
fluoranthene concentration were observed after 5–10-days
in cultures inoculated with Mycobacterium sp. strains
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Figure 1: Phenanthrene (a), fluoranthene (b), and pyrene (c)
degradation by Mycobacterium sp. strains 1B (white square), BS5
(black diamond), KA5, (black square), and KF4 (black triangle).
The change in PAH concentration in mercuric chloride killed
controls is also shown (black circle). Data points represent the mean
and standard deviation of three replicates for each time point.
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Table 2: 16S rRNA identification of PAH-degrading bacterial isolates from enrichment cultures containing manufacturing gas plant soil,
uncontaminated agricultural soil, and kangaroo faeces. The top ten aligned sequences between bacterial isolates and members of the BLAST
sequence database are shown.

Isolate Primer set Aligned sequences from BLAST % Similarity

Manufacturing gas plant soil (strain BS5) 27f-765r

Mycobacterium sp. PYR GCK 98

Mycobacterium gilvum isolate VM0583 98

Mycobacterium gilvum isolate VM0442 98

Mycobacterium gilvum isolate VM0552 98

Mycobacterium gilvum isolate VM0504 98

Mycobacterium gilvum isolate VM0505 98

Mycobacterium sp. strain BB1 98

Mycobacterium sp. HE5 98

Mycobacterium mucogenicum strain ATCC 49649 98

Mycobacterium mucogenicum strain ATCC 49649 98

Uncontaminated agricultural soil (Strain KA5) fD1-rD1

Mycobacterium monacense B9-21-178 94

Mycobacterium sp. KMS 94

Mycobacterium sp. JLS 94

Mycobacterium gilvum isolate VM0442 93

Mycobacterium gilvum isolate VM0552 93

Mycobacterium gilvum isolate VM0504 93

Mycobacterium gilvum isolate VM0505 93

Mycobacterium sp. PYR GCK 93

Mycobacterium petroleiphilum 93

Mycobacterium chlorophenolicus (PCP-1) 93

Kangaroo faeces (Strain KF4) 27f-765r

Mycobacterium sp. JLS 95

Mycobacterium monacense B9-21-178 95

Mycobacterium vaccae isolate VM0588 95

Mycobacterium vaccae isolate VM0587 95

Mycobacterium sp. KMS 95

Mycobacterium sp. MCS 95

Mycobacterium doricum strain DSM 44339 94

Mycobacterium doricum 94

Mycobacterium duvalii 94

Mycobacterium duvalii strain CIP 104539 94

1B, BS5, KA5, and KF4. The extended degradation lag
periods observed in cultures inoculated with Mycobacterium
strains indicates that the lack of fluoranthene removal
observed over the incubation period may be a product of
the slow degradation rates rather than a lack of fluoranthene
degradative capacity.

Microbial growth at the expense of fluoranthene was
variable in culture inoculated with Mycobacterium species.
A reduction in fluoranthene concentration coincided with
microbial growth in experiments inoculated with Mycobac-
terium sp. strains BS5, KA5, and KF4, denoted by a
significant negative relationship for all strains (rp = −0.9407,
P = .005; rp = −0.9892, P = .0002; rp = −0.9867, P = .0003,
resp.). In contrast, in Mycobacterium sp. Strain 1B inoculated
experiments, microbial numbers decreased slightly (7.5 ×
105 cells/mL to 1.5 × 105 cells/mL; P > .05) during the
degradation of fluoranthene.

3.7. Pyrene Degradation. All isolates were efficient at degrad-
ing pyrene (P < .0001). This was not surprising given
pyrene was the substrate used for the isolation of these
strains. Over a 20-day incubation period, greater than 94%
of pyrene was removed from all Mycobacterium inoculated
BSMY containing 250 mg/L of pyrene (Figure 1(c)). Unlike
experiment using fluoranthene, extended degradation lag
periods were not observed in pyrene experiments. This may
have been a product of the bacterial isolates used in the
experiments being grown on pyrene prior to inoculation.
Removal of pyrene occurred immediately in experiments
inoculated with Mycobacterium sp. Strain 1B and KA5 while
a short degradation lag period (2 days) was observed in
experiments inoculated with Mycobacterium sp. strains BS5
and KF4. Removal of pyrene by Mycobacterium species
resulted in a significant increase in microbial numbers by an
order of magnitude (P < .001).
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Table 3: Growth of Mycobacterium sp. isolates on various carbohy-
drates and potential PAH metabolites. Growth was scored visually
on the basis of turbidity and ranked accordingly.

Substrate
Mycobacterium
sp. strain BS5

Mycobacterium
sp. Strain KA5

Mycobacterium
sp. strain KF4

Carbohydrates

Adonitol,
Arabinose,
Glucose,
Lactose,
Maltose,
Mannitol,
Mannose,
Raffinose,
Rhamnose,
Sorbitol,
Sucrose

+++a +++ +++

PAH
metabolites

Succinate ++ ++ +++

Pyruvate ++ ++ +++

Salicylate ++b ++ +++

Catechol +c ++ +++

Cinnamic,
Maleic,
d-Pantothenic,
Phthalic
Protocatechuic
acids

—d — —

Sodium
benzoate

++ +++ +++

p-aminobenzoic
acid

++ ++ +++

a
high turbidity, bmedium turbidity, clow turbidity, dno observed turbidity.

3.8. Pyrene Mineralisation. To confirm pyrene degradation
by the Mycobacterium species, radiolabelled experiments
were conducted using [4,5,9,10-14C] pyrene. Figures 2(a)
and 2(b) present the results from pyrene mineralisation
experiments illustrating the evolution of 14CO2 over the time
course period and a mass balance of 14C at the conclusion
of the experiment. Over the 10-day incubation period, the
extent of pyrene mineralisation by the Mycobacterium species
was similar: 74%, 70% 79%, and 71% of 14C was recovered
as 14CO2 in cultures inoculated with Mycobacterium sp.
strains 1B, BS5, KA5, and KF4, respectively. At the conclusion
of the experiment, less than 3% of the 14C was detected in
the culture medium while between 1.7% and 10% of 14C was
detected in the cellular debris.

4. Discussion

Over the past 30 years, a considerable amount of information
has accumulated in the literature regarding the bacterial
degradation of PAHs. A number of reviews [2, 6, 7]
have highlighted the catabolic diversity of bacterial PAH
degradation, PAH degradative pathways, and application of
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Figure 2: Pyrene mineralisation (a) by Mycobacterium sp. strains
1B (white square), BS5 (black diamond), KA5, (black square), KF4
(black triangle), and mercuric chloride killed controls (black circle).
The distribution of 14C in the organic phase (undegraded pyrene:
black square), aqueous phase (water soluble metabolites: Gray
square), gaseous phase (14CO2: white square), and cellular debris
(dashed square) at the completion of mineralisation experiments is
also shown (b).

these organisms to bioremediation strategies. It is apparent
from these reviews and research in the scientific literature
(e.g., [9, 18, 19]) that nocardioform bacteria, in particular
Mycobacteria, play a crucial role in the biodegradation of
PAHs. In this study, three pure cultures were recovered from
three dissimilar inoculum sources (manufacturing gas plant
soil, uncontaminated agricultural soil, and kangaroo faeces)
following enrichment and isolation using PAH-containing
media. All three organisms had the ability to utilise a
variety of environmental contaminants as growth substrates
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Table 4: Growth of Mycobacterium sp. isolates on various surfactants, phenols, hydrocarbons, and PAHs. Growth was scored visually on the
basis of turbidity and ranked accordingly (see Table 3 for turbidity rankings).

Substrate
Mycobacterium sp.
strain BS5

Mycobacterium sp.
strain KA5

Mycobacterium sp.
strain KF4

Surfactants

Triton X-100 ++ ++ +

Tween 20 ++ ++ +

Tween 80 ++ + —

Tergitol NP-10 — ++ +++

Dowfax — — —

Phenols

3-chlorophenol,
4-chlorophenol,
Cresol,
Pentachlorophenol,
2,4,5-trichlorophenol

— — —

Hydrocarbons

Benzene ++ ++ ++

Toluene ++ ++ ++

Xylene + ++ +

Diesel, Heptane,
Hexane, Hexadecane

+++ +++ +++

PAHs

Acenaphthylene,
Benzo[a]pyrene,
Fluorene, Naphthalene

— — —

Phenanthrene +++ +++ +++

Anthracene ++ — +

Pyrene +++ +++ +++

Fluoranthene + ++ +

Benz[a]anthracene ++ ++ ++

Chrysene — ++ +

Dibenz[a,h]anthracene ++ ++ ++

Table 5: PAH removal by Mycobacterium sp. isolates.

PAHa PAH Decrease (%)b

Incubation time (days)
Initial PAH concentration (mg L−1) Strain 1B Strain BS5 Strain KA5 Strain KF4 Abiotic control

Fluorene 100 NSc NS NS NS 52.9 ± 6.6 14

Phenanthrene 250 100 ± 0.0 100 ± 0.0 100 ± 0.0 100 ± 0.0 —d 14

Fluoranthene 50 100 ± 0.0 24 ± 3.8 59.6 ± 13.5 19.9 ± 3.9 — 20

Pyrene 250 100 ± 0.0 94.3 ± 6.2 100 ± 0.6 98.5 ± 2.6 — 20

Benzo[a]pyrene 50 NS NS NS NS — 50
a
PAHs were supplied in BSM containing 0.05 g L−1 yeast extract.

bPercentage PAH decrease was calculated by comparing PAH concentrations in Mycobacterium sp. inoculated cultures to the corresponding abiotic control.
cPAH removal was less than 5% compared to the abiotic control and not significant, NS (P > .05). All other % removal values significantly greater than abiotic
control (P ≤ .001).
dGreater than 95% of added PAHs were recovered from abiotic controls at the end of the incubation period.

including surfactants, n-alkanes, mono-aromatic hydrocar-
bons, PAHs and complex hydrocarbon mixtures (diesel).
By sequencing the 16S rRNA genes and utilising BLAST
similarity search accessed through the NCBI database, the
three isolates were identified as Mycobacterium species.

Phylogenetic analysis of the isolated Mycobacterium strains
revealed that these isolates were related but not identical to
other PAH-degrading Mycobacterium species.

Mycobacterium sp. strain BS5, isolated from a long-
term PAH-contaminated soil (manufacturing gas plant
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soil), aligned most closely to Mycobacterium gilvum and
Mycobacterium mucogenicum isolates (98% similarity). The
Mycobacterium gilvum isolates identified in the sequence
database were obtained from environmental samples includ-
ing polluted sediment (strain PYR GCK) [20], PAH-
contaminated soil (strain BB1) [21] and uncontaminated
forest soil (strain HE5) [22] following enrichment on PAHs
or an aliphatic secondary amine (morpholine). Interestingly,
Mycobacterium sp. strain BS5 was also closely aligned to
Mycobacterium mucogenicum strain ATCC 49649, a rapidly
growing clinically significant organism commonly recovered
from tap water [23].

Unlike Mycobacterium sp. strain BS5, the other two
isolates obtained in this study were recovered from samples
that had no previous exposure to PAHs (agricultural soil
and kangaroo faeces). Mycobacterium sp. strain KA5 was
isolated from agricultural soil used for the cultivation of
wheat and pea straw. This isolate was most closely aligned
to Mycobacterium monacense B9-21-178 and environmental
isolates Mycobacterium sp. strain KMS, and JLS (94%
similarity). Mycobacterium monacense is a clinical isolate
while Mycobacterium sp. strain KMS and strain JLS were
isolated from soil collected from a former wood preserving
facility (Champion International Superfund Site) in Libby,
Montana, by their ability to mineralise pyrene [24].

Isolated from kangaroo faeces, Mycobacterium sp. strain
KF4’s 16S rRNA gene sequence was also most closely aligned
(95% similarity) to Mycobacterium sp. strain KMS, strain JLS
and Mycobacterium monacense strain B9-21-178, in addition,
to Mycobacterium sp. strain MCS and Mycobacterium vaccae
(VM0587 and VM0588). strain MCS was isolated from a
former wood preserving facility [24] while it is unclear from
where Mycobacterium vaccae strains were isolated.

Traditionally, the isolation of bacteria with specific
catabolic activities has been confined to enumeration and
isolation studies using soil containing the contaminant of
interest [2]. Numerous PAH-degrading bacteria have been
isolated from PAH-contaminated soil such as manufacturing
gas plant soil, creosote-contaminated soil and alike [13,
19, 24–26]. The manufacturing gas plant soil used in this
study contained high concentrations of PAHs even though
operation of the plant ceased decades ago. Enrichment of
Mycobacterium sp. strain BS5 from this soil on pyrene was
not surprising given the long exposure time of the indigenous
soil microorganisms to the PAHs and the relatively high
proportion of pyrene in the soil (∼10% of the total PAH
concentration). It has been suggested that chronic exposure
to petrogenic compounds may not increase the total number
of heterotrophic microorganisms, however, it may selectively
increase the hydrocarbon-degrading microbial population
[25].

Two other Mycobacterium strains (KA5 and KF4) were
isolated from environmental samples without previous expo-
sure to PAHs. The propensity for strains KA5 and KF4 to
degrade PAHs demonstrates that prior exposure to PAHs
was not a prerequisite for PAH catabolic activity for these
Mycobacterium isolates. Previous research has demonstrated
that prior exposure to PAHs may be required for the
induction of enzymes for PAH degradation [27–29]. It is

known that some enzymes involved in PAH degradation
are inducible, being synthesised only when a particular
metabolite or substrate is present [30]. However, Kim et
al. [31] identified constitutive enzyme in Mycobacterium
vanbaalenii PYR-1 responsible for PAH degradation. PAH
quinone reductase and catechol-O-methyltransferase were
demonstrated to be constitutive enzymes located in the
soluble fraction of cell extracts.

All three Mycobacterium spp. isolated in this study
possessed broad substrate specificities. Mycobacterium sp.
strains BS5, KA5 and KF4 were able to utilise PAHs, alkanes,
chlorinated phenols, monoaromatic compounds as well as
possible PAH degradation products as sole carbon and
energy sources. From a bioremediation viewpoint, this is a
desirable feature since many PAH-contaminated sites contain
a variety of organic pollutants. All three isolates were compe-
tent PAH degraders although subtle differences in their PAH-
degrading profiles were observed. Whilst none of the isolates
were capable of utilising the low-molecular-weight PAHs
naphthalene, acenaphthylene, or fluorene as sole carbon and
energy sources, strains BS5, KA5, and KF4 exhibited high-
phenanthrene and pyrene-degrading efficacies.

14C-Pyrene experiments demonstrated the propensity for
strains BS5, KA5, and KF4 to mineralise pyrene. When
compared to a known pyrene degrader (Mycobacterium sp.
strain 1B) [14], the extent of pyrene mineralisation was
comparable for strains BS5, KA5, and KF4: following 10-
day incubation between 70, and 79% of 14C-pyrene was
converted to 14CO2. Previous pyrene mineralisation studies
in liquid medium inoculated with Mycobacterium sp. have
reported 45–60% mineralisation of pyrene following 4 to
96 hours incubation [32–34]. Whilst the rate of pyrene
mineralisation by Mycobacterium sp. isolated in this study
was not as rapid as rates observed in the aforementioned
studies, an enhanced extent of pyrene mineralisation was
observed for Mycobacterium sp. strains BS5, KA5, and KF4.
Presumably, the lag period preceding pyrene mineralisation
and the resulting decreased rate of pyrene mineralisation was
attributable to the smaller inoculum size used in this study.

At the completion of mineralisation experiments, less
than 3% of 14C was detected in the culture medium,
indicative of the low amount of polar metabolites pro-
duced by Mycobacterium sp. strains BS5, KA5, and KF4.
In contrast, following pyrene mineralisation experiments
conducted with Mycobacterium sp. strain RJGII-135 [34],
79% of the total organic extractable residue comprised
four pyrene metabolites (4-phenanthrene carboxylic acid,
4,5-phenanthrene dicarboxylic acid, 4,5-pyrene dihydro-
diol and unidentified PYR-IV). Microorganisms with the
ability to mineralise PAHs are advantageous for bioreme-
diation applications as they minimise the accumulation
of potentially problematic transformation products. Some
PAH metabolites are genotoxic and have been shown to
produce DNA strand scission, DNA adduct formation, and
malondialdehyde generation [35]. In addition, the increased
polarity of PAH transformation products, compared to the
parent compound, results in their enhanced mobility in the
environment which may culminate in potential impacts on
ecological and groundwater receptors.
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Previous reports have demonstrated Mycobacterium
isolates capable of degrading pyrene and other 4 ringed
PAH. Many of these reports have demonstrated isolation and
enrichment from previously contaminated sites, some as a
direct substrate and other cometabolically [14, 18, 20, 21].
The literature indicates that environmental Mycobacteria spp.
are well adapted to degradation of relatively hydrophobic
molecules, most probably this characteristic is associated
with the hydrophobic nature of their cell wall structure [7].

This paper demonstrated the ubiquity of Mycobacteria
spp. in soil environments with the ability to degrade PAH.
That two of the isolates were derived from uncontaminated
material is of interest, since the majority of published
PAH-degrading isolates have come from contaminated sites
[2, 6, 8]. This observation points to the broad exposure
of organisms to aromatic compounds such as lignin and
tannins as a plentiful carbon source in a diverse range of
soil systems [8, 10]. In contrast to the report of Cheung and
Kinkle [18] pristine soils with naturally elevated aromatic
content may therefore be an alternative source of PAH-
degrading organisms that might assist in bioremediation
projects.
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Mine tailing remediation aims to reduce the rate of sulfide mineral oxidation. Earlier studies showed that photosynthetic biofilms
may act as a physical barrier against oxygen diffusion. Currently, a long-term assay (6 months) is required to evaluate the solid
phase redistribution of the Pb, Fe, Cu, and Zn originally present in historic and calcareous mine tailing samples (in our case from a
semiarid region in North-Central Mexico). The presence of biofilms may provide chemical gradients and physical conditions that
shift the proportion of Fe, Cu, and Zn originally associated with oxides to carbonates and organic matter/sulfide fractions.

1. Introduction

The oxidation and dissolution of sulfide minerals (SMs)
present in mine tailings (vr. gr. pyrite (FeS2), arsenopy-
rite (FeAsS), galena (PbS), sphalerite (ZnS), chalcopyrite
(CuFeS2)) can produce acidic metal-rich waters known as
acid mine drainage (AMD) within tailing deposits and at the
receptors (soil and water sediments). Mine tailing remedi-
ation aims to reduce the rate of SM oxidation by avoiding
or reducing contact between the SM and the oxidant agents
such as atmospheric or dissolved oxygen (O2) or ferric ions
(Fe(III)). It has been proposed that water coverage could be
used to reduce O2 diffusion into tailing dams [1–3]. Other
types of covering such as multilayer covers have also been
proposed, and this consists of a profile of well structured
layers (surface, drainage, moisture, retaining, and support
layers) with different hydrogeological properties. Ideally, the
surface layer must support vegetation and retain moisture.
Bussière et al. [2] indicated that multiple covers with cap-
illary barrier effects are useful for low-sulfide tailing from a
wet or temperate climate region. However, designing efficient
covers with different capillary barrier effects can be difficult

because of variable climatic conditions and layer geometry
as well as the complex behavior of unsaturated materials [4].
Furthermore, the multilayer cover might need considerable
quantities of covering material. If sufficient cover material
is not available in the vicinity of the tailing impoundments,
then the material needs to be removed and transported to
the site resulting in a significant increase in cost and the
alteration of other environments. Therefore, the barrier of
choice depends mainly on climate, geology, mineralogy, and
economic factors. For abandoned mine tailing dams, the
former is of special concern as no mining company assumes
any responsibility for the remediation action.

Garcı́a-Meza [5] showed that photosynthetic biofilms
(composed mainly of cyanobacteria and green algae and
some aerobic and anaerobic bacteria) successfully colonized
the surface of mine tailing samples from Guanajuato (Mex-
ico). The presence of biofilms on the surface enhanced
trace element immobilization. Their results suggest that
these biofilms may act as a physical barrier against oxygen
diffusion preventing SM oxidation. In addition, the pho-
tosynthetic activity during the experiments resulted in a
natural fertilization of the tailing samples. It has been



2 Applied and Environmental Soil Science

suggested that photosynthetic biofilms may be useful as an
initial step of mine tailing remediation. A biofilm-colonized
substrate surface may possess the desired characteristics for
the future development of vegetative species because of
autotrophic microorganisms, which are the driving force for
biogeochemical processes such as soil genesis, metal min-
eralization, and carbon and nitrogen fixation. Long-term
bioassays using columns could provide more comprehensive
information about the consequences of the colonization of
photosynthetic biofilms on the chemical speciation of metals
(Fe, Pb, Cu, and Zn). In this study, six columns (1 m high)
were filled with samples of a recent tailing pile (ca. 7 years) to
reproduce the profile that was observed in situ.

2. Materials and Methods

Mine tailing samples were taken from the Concepción del
Oro mining district in Zacatecas, Mexico (24◦37′ N and
101◦25′ W, at 2080 masl) (Figure 1) where a semiarid
climate dominates. Tailings from the mining operations were
discharged in five separate tailing impoundments or piles
(Figure 2). The tailing pile P2 was chosen for this study.
P2 is slightly alkaline (pH 7.52–8.04) with a high acid
neutralization potential (ANP; 153–493 meq CO3

2−/ton) [6].
In a selected zone of the tailing P2, a pit 100 cm deep was
dug and six different strata were recognized based on color
change and textural variations. For each stratum up to 3 kg
of tailing material was sampled. Because the investigation
focused on the unaltered zones, the oxidized stratum was
removed. The oxidized zone was recognized because of its
reddish color.

Once in the laboratory, 1.5–2.5 kg of each stratum was
used to reconstruct the sampled profile in six acrylic columns
(Figure 3); the rest (0.5 kg) of the stratum sample was used
for preliminary characterization. The samples were dried at
room temperature and sieved to <63 μm. For the analysis
of particle size distribution, the dry samples were sieved
to <250 μm. The physical and chemical characterization
included (a) color on dry samples using the Munsell
soil color chart [7], (b) particle size distribution by laser
diffraction (Shimadzu SALD-1100) on each size-fractioned
sample, (c) electric conductivity [8], (d) paste and rinse pH
[9], (e) moisture content by loss of weight at 105◦C, (f)
acid neutralization potential (ANP) according to the Sobek
method as dictated by Mexican legislation [10], (g) organic
matter content by loss of weight at 550◦C (see [11, 12]), and
(h) Pb, Cu, Fe, and Zn content. The major mineralogical
phases were determined by X-ray diffraction (XRD, Rigaku
DMAX 2200) using Cu-Kα radiation.

For the analysis of metals, a 5-step sequential extraction
procedure was carried out (see [13, 14]). The final opera-
tionally defined fractions were the following.

(i) Exchangeable (F1): tailing sample extracted with
8 mL of 1 M MgCl2 (pH 7) for 30 min with contin-
uous agitation at room temperature.

(ii) Bound to carbonates or specifically adsorbed (F2):
the residue from (i) was extracted with 8 mL of 1 M

NaOAc (pH 5) for 5 h with continuous agitation at
room temperature.

(iii) Bound to crystalline Fe-Mn oxides (F3): the residue
from (iii) was extracted with 20–25 mL of 4 M HCl
for 30 min with occasional agitation at 94–96◦C.

(iv) Bound to organic matter and sulfide (F4): the residue
from (iv) was extracted with 3 mL of 0.02 M HNO3

and 5 mL of 30% H2O2 (pH 2); the sample was
heated progressively to 85◦C and maintained at
this temperature for 2 h with occasional agitation
and then 3 mL of 30% H2O2 (pH 2) was added.
The mixture was then heated to 85◦C for 3 h with
intermittent agitation. After cooling, 5 mL of 3.2 M
CH3COONH4 in HNO3 20% was added.

(v) Residual (FR): the metals present were scattered
within the crystal lattice of the rocks and minerals:
0.5 g of the residue from (iv) was digested with 20 mL
of a mixture 3 : 1 HNO3 (66%) and HCl (37%) using
a microwave oven (CEM-MARS-X).

Extractions were carried out on 1.0 g of sample; the analyses
were performed in duplicate. The metal content of the
extracted solutions was analyzed with atomic absorption
spectrometry (AAS, Perkin Elmer 2380).

To evaluate the presence of neutrophile (pH 7±1.5)
aerobic or anaerobic bacteria in the tailing samples, 1 g
of a sample of the mine tailings from each stratum was
transferred to a test tube with specific media, in duplicate.
For aerobic microorganisms media number 69 of the DSMZ
(2006) [15] were used as it is specific for sulfur oxidizing
bacteria (SOB); these media are specific for Starkeya novella
(formerly Thiobacillus novellus). For anaerobic bacteria we
used a modified Postagate media [15], which are specific
for sulfate-reducing bacteria (SRB). The test tubes were
incubated for 7 days at 27◦C and were placed in an anaerobic
jar. Afterwards, an aliquot of 25 μL of culture media was
stained and observed under a light microscope at 1000x
magnification. To determine the relative abundance, the cell
numbers per visual field were recorded a total of 10 visual
fields per slide were examined and two slides per culture were
done.

For the assay setup, six columns were constructed to
perform the bioassay (Figure 3). Each column was filled with
samples from the tailing pile P2, reproducing the sampled
profile (six strata). After that, the photosynthetic biofilms
previously obtained were disseminated onto the tailings
surface of each column. The photosynthetic biofilms were
obtained from the biological crusts sampled in the tailings
pile P2 at three different sites. The three collected crusts
were mixed in a sterile Petri dish to create a composite; the
composite was spread in Erlenmeyer flasks (X6) containing
sterile Woods Hole (WH) culture media, which are specific
for microalgae [16]. Microalgae were grown under a 14 : 10 h
light : dark cycle at 25◦C. Microalgae colony growth started
after 2 to 3 weeks.

The columns settled under environmental conditions
(the roof of the laboratory). The bioassay was performed
over seven months; the first three months corresponded to
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Figure 1: Location of the Concepción del Oro mining area (Zacatecas, North-Central Mexico).

the hot and wet (tw) season (July 21–October 26, 2006;
monthly average temperature was 19◦C with a maximum
precipitation of 109.9 mm during September) while the
last four months corresponded to the cold-dry season (td)
(November 1st 2006–February 13, 2007; monthly media
temperature of 13◦C and precipitation of 0 to 14 mm).
During the wet season, the columns were irrigated daily by
spraying 10–20 mL of WH over two weeks and then every 3rd
day with sterile tap water. During the dry season the biofilms
were moistened every 4th day by spraying with sterile tap
water. At the end of wet (tw) and dry (td) seasons, the mine
tailing samples underwent chemical analysis in triplicate
as previously described. The samples were taken from the

previously defined strata. Finally, the samples were analyzed
to determine the relative abundance of aerobic sulfur-
oxidizing bacteria (SOB) and anaerobic sulfate-reducing
bacteria (SRB). The photosynthetic biofilm was maintained
over the mine tailing surface in each column during the
bioassay.

3. Results and Discussion

All the strata have the same gross mineralogy, which consists
of quartz (SiO2), calcite (CaCO3), pyrite (FeS2), covellite
(CuS), and andradite (Ca3Fe2(SiO4)3) (Figure 4). The phys-
icochemical results (Table 1) showed that the strata also share



4 Applied and Environmental Soil Science

Mine wastes

Pile 1
Pile 2

Pile 3 Pile 4

Pile 5

N

Concepción del Oro

Tailings piles

Slags

Figure 2: Mine tailings piles at Concepción del Oro. Location of the
tailings piles at the Concepción del Oro mining area (North-Central
Mexico) and Pile 2 from where the sample was taken.

E1

E2
E3

E4

E6

E5

Autotrophic biofilm

Figure 3: Columns constructed for the bioassays.

some common characteristics; that is, brown color (except
stratum E5, with a light gray color), sandy to loam texture
(except E4, with a silt loam texture), slightly alkaline, pH
7.82, low conductivity, high ANP and low organic matter
content, clay, and humidity (Table 1). The conductivity and
the pH increased with depth, being higher in the lower strata
(E5 and E6). The moderate content of carbonates (16.35 ±
0.89%) results in a relatively high ANP from 71 to 173 ton/eq
CaCO3.

Figure 5 showed the absolute data for the concentration
of the extracted metals in the six strata of the selected profile
from Pile 2, before the assay (t0) and after the wet (tw) and
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Figure 4: Major mineralogical phases obtained by X-ray diffraction
(XRD). An: andradite (Ca3Fe2(SiO4)3); Cc: calcite (CaCO3); Cv:
covellite (CuS); Q: quartz (SiO2); Py: pyrite (FeS2).

dry (td) seasons. The relative abundance of the metals in each
stratum was similar throughout the profile (Fe > Cu > Zn >
Pb). The highest concentration of the metals was recorded
in the lowermost strata, E5 and E6. The total Fe and Cu
concentrations were high (up to 135 and 1.11 g/kg, resp.),
and this reflects the mineralogy of the exploited ore body,
which consists mainly of Cu and Fe sulfides or oxides [17]. Fe
and Pb were mainly associated to refractory minerals of the
residual fraction (FR); on the other hand, Cu and Zn were
mainly associated with the Fe-Mn-Oxide fraction (F3). The
carbonate fraction (F2) contributed more than 15% of the
Cu and Zn, and this represents the second major fraction for
these metals in stratum E6. The exchangeable fraction (F1)
of the sequentially extracted elements was less than 3% for
all strata of the profiles indicating that sorption occurred to
a lesser extent by nonspecific electrostatic mechanisms. The
developed biofilm does not increase the bioavailable forms,
and practically no metals were leached during the assay
(Table 2). In general, under neutral to alkaline conditions,
the metals associated with the exchangeable fraction (F1) are
a minor proportion compared to those in the acidic soils [18]
and are associated with secondary minerals resulting in metal
fixation in the soils [19] and in mine tailings [20].

Microalgae (cyanobacteria and green algae or chloro-
phyceae) successfully colonized the surface of the mine tail-
ing samples from Pile P2. Colonization by cyanobacteria
and chlorophytes has been reported as useful during the
first stage of mine tailing remediation and other degraded
terrestrial environments [5, 21]. The presence of viable
microalgae performing the photosynthesis resulted in a sig-
nificant (P < .05) increase in the organic matter content
in the uppermost strata (E1 and E2) from 0.9–0.11% to
3.5% at the end of the tw season (Figure 5). In 1961 Singh
[22] noticed that the organic matter produced by microalgae
binds soil particles together, which reduces soil permeability
and aeration. Hu et al. [23] showed that some filamentous
cyanobacteria maintain crust cohesion and reduce the eolian
erosion of the particles leading to substrate consolidation.
Thus, active microalgae form a biofilm and increase the
organic matter content, and this may biostabilize the mine
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Figure 5: pH, % calcium carbonate (CaCO3), acid-neutralization potential (ANP, in CO3
2−/ton), electric conductivity (EC, in mS/cm),
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dry (td ; black) seasons. Data: average, n = 3.

tailings, reduce the potential spread of toxic elements from
tailings piles, and fertilize the tailings in addition to building
up an appropriate substratum for the further establishment
of plants. The stabilization effect of the biofilms is due
to the secretion of extracellular polymeric substances [24],
mostly proteins and carbohydrates [25]. Furthermore, it has
been reported that the development of algal communities
in mine tailings improves the habitat’s quality with time
[26] and that the large particle-binding capacity due to

extracellular substances might improve sediment transport
in water flows [25]. In addition, the pH remains neutral
during the assays performed in this work (Figure 5) because
of the high buffer capacity of the tailings that contain a high
percentage of carbonates and because of CO2 consumption
during photosynthesis [27].

The initial three-month irrigation (wet season, tw)
ensured that biofilm growth occurred. After the tw season the
biofilm completely covered the surface of the tailing profiles
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Table 1: Certain physical and chemical characteristics of the strata E1 to E6.

Stratum E1 E2 E3 E4 E5 E6

Depth (cm) 4.50 3.50 3.50 14.00 1.00 55.00

Color (dry) Light brown Light brown Light brown Light brown Light grey Brown

Sand (%) 77 53 66 21 56 92

Silt (%) 15 38 27 71 42 6

Clays (%) 8 9 7 8 2 2

Texture Sandy loam Loam Sandy loam Silt loam Sandy loam Sand

Moisture (%) 0.51 0.27 0.18 0.19 0.66 0.03

Conductivity (mS/cm) 0.48 1.57 1.66 1.92 2.0 1.9

pH 8.17 7.77 7.86 7.98 7.98 7.84

Carbonates (%) 17.10 15.00 17.10 16.50 15.50 16.90

ANP (meq CO3
2−/ton) 104.80 71.30 102.70 90.00 178.10 173.30

Organic matter (%) 0.09 0.11 0.13 0.16 0.12 0.14

ANP: acid-neutralization potential.

Table 2: Concentration (mg·mL−1) of Pb, Fe, Cu and Zn in the leachate after the assay. Data: average ± standard deviation, n = 3.

Column Pb Fe Cu Zn

tw — 0.38± 0.01 0.17 0.10± 0.01

td — 1.93± 0.02 0.17 0.12± 0.01

in the columns and remained there during the subsequent
three months or the dry season (td). This initial and periodic
irrigation of the columns resulted in an increase in the
moisture content of all the strata (Figure 5); however, it did
not affect the thickness of the oxidized zone. A shallow water
covering or a thick superficial fine-grain layer may reduce
oxygen diffusion through the tailings by more than three
orders of magnitude [28]. If photosynthetic biofilms develop
on the surface of the tailings they also act as a physical
barrier against oxygen diffusion upon which an anaerobic
microbial community inhabits the deepest strata. The results
of this study confirm the former: the anaerobic SRB were
twice as abundant after the assay (td) compare to before (t0).
Additionally, the biomass of SRB was more abundant than
the biomass of SOB during the study period (Table 3). The
relative abundance of SOB increased slightly after the wet
season (tw) but at the end of the assay the abundance of SOB
decreased.

Neutrophilic SOB like Starkeya novella, Halothiobacillus
neapolitanus (formerly Thiobacillus neapolitanus, pH 6.6–7),
Thiobacillus thioparus (6.5–7.5), and Thiomonas intermedia
(5–8) [29], are not able to oxidize sulfide minerals, but other
reduced sulfur compounds as elemental sulfur, thiosulfate,
and polythionates. Accordingly, the sulfide mineral as pyrite
and covellite may be previously and partially oxidized by
aqueous oxidants (commonly Fe3+ or O2). Bulk sulfurs that
are directly exposed to atmospheric gases undergo oxidation
to mainly forms of electron deficient disulphide [30]; when
O2 is combined with H2O, there is a more aggressive oxida-
tion of the surface and the sulfur atoms must pass through
several oxidation states during the oxidation process, so

many different sulfur compounds might be involved [31],
which neutrophilic SOB may oxidize:

2S0 + O2 + 2OH− −→ S2O3
2− + H2O

S2O3
2− + 2O2 + 2OH− −→ 2SO4

2− + H2O

SO3
2− + H2O −→ SO4

2− + 2e− + 2H+

(1)

Actually, SOB like Thiobacillus thioparus may generate
elemental sulfur from sulfides, under low O2 conditions.
Maybe, SOB like T. thioparus were presented in the deeper
strata, during the wet season (tw). The absence of SOB in
the lowest stratum E6 at the dry season (td) may indicate
that the oxidation of sulfide minerals (SMs) had stopped [32]
but also that E4 (the only stratum with more silt than sand,
Table 1) and E5 (the thinner and more saturated stratum)
had significantly reduced oxygen fluxes [28, 33]. The largest
fraction of Fe, Cu, and Zn was the fraction F3 (bound to
Fe-Mn oxide, Figure 6). The former indicated that stratum
E6 was slightly more reducing than the layers above it (see
below).

If microaerophilic conditions were settled in the profile,
the metals may shift from an unstable fraction (oxides, F3)
to a more stable fraction (the organic matter/sulfur fraction,
F4) under these suboxic conditions. In fact, the relative
abundance of Fe, Cu, and Zn associated with oxides was
significantly lower (P < .05) at the end of the assay (td) com-
pared to before (t0) the assay (except in E6). Additionally,
the Cu and Zn associated with the oxides (F3) shifted from
this fraction before the assay to the organic matter/sulfide
fraction, F4, after the assay (Figure 6) because of the suboxic
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Figure 6: Absolute data for the concentration (mg·kg−1) of the extracted Pb (a), Fe (b), Cu (c), and Zn (d) in the six strata of the selected
profile from Pile 2 before the assay (t0) and after the wet (tw) and dry (td) seasons. Data: average, n = 3.

Table 3: Relative abundance of the sulfur-oxidizing bacteria (SOB) and of the sulfate reducing bacteria (SRB) before the assay (t0) and in
the columns after the wet (tw) and dry (td) seasons, per stratum.

Aerobic SOB (pH 8.5) Anaerobic SRB (pH 8.0)

t0 tw td t0 tw td

E1 + ++ ++ ++ +++ +++

E2 + +++ ++ +++ +++ +++

E3 − + ++ ++ ++ ++

E4 ++ +++ ++ ++ ++ +++

E5 + ++ ++ ++ +++ +++

E6 − + − + ++ +++

Note: number of cells in each of the 10 visual fields: − : 0; +: ≤10; ++: ≤20; +++: ≤40.
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conditions. Cu and Zn can interact chemically with sulfide
minerals (F4) and the covellite under nonoxidizing condi-
tions [34]. Covellite was determined to be present using XRD
in this work (Figure 4).

Under microaerophilic to suboxic, low saturation and
high carbonate content soil conditions, the relative mobility
of the metals is low [35]. Since the metals are released from
oxides they are readsorbed or precipitated as carbonates or
other stable phases that do not dissolve under suboxic condi-
tions while the pH remains circumneutral [19, 29, 36–40]:

Cu2+ + CaCO3 ←→ Ca2+ + CuCO3 (2)

Under high carbonates content, photosynthetic activity leads
to bicarbonate, HCO3

− [36]:

CaCO3 + H+ −→ Ca2+ + HCO3
− (3)

The HCO3
− may cause the precipitation of some phases such

as Cu2(OH2)CO3 [41] or smithsonite (ZnCO3) [37]:

Zn2+ + HCO3
− −→ H+ + ZnCO3 (4)

Because the photosynthetic biofilms cover the surface of
the carbonaceous tailings, the formation of metal-carbonate
complexes increases. The carbonate may be stable under
unsaturated O2 conditions [42], and carbonates are known
to be the soil component, mostly responsible for Cu retention
[32]. Cu retention by carbonates from calcite is about 99%
in calcareous soils [40]. Therefore, the presence of biofilms
may provide chemical gradients and physical conditions that
shift the proportions of Fe, Cu, and Zn from the oxides
fraction (F3) to the carbonate/specifically adsorbed fraction
(F2) and the organic matter/sulfide fraction (F4). The metals
specifically adsorbed onto carbonates can be transferred to
exchangeable forms only if the environmental conditions
change (i.e., lower pH, redox potential). However, the pH
may be stable because of the high ANP of the tailings
material.

4. Conclusions

Mine tailing remediation here studied provided experimen-
tal evidence aiming to reduce the rate of sulfide mineral oxi-
dation in calcareous tailings by photosynthetic biofilms; such
mineral environment is characterized by highly positive net
neutralization potentials. We confirmed that photosynthetic
biofilms act as a physical barrier against oxygen diffusion, as
described by a long-term assay (6 months) resulting in solid
phase redistribution of the Pb, Fe, Cu, and Zn under high
carbonates content conditions. Consequently, the photosyn-
thetic biofilms represent an excellent opportunity for mine
tailing remediation and stabilization of the Concepción del
Oro mine tailings by applying ecological succession theories,
that is, colonization through autotrophic pioneers [43], that
also could be applied to the pollution and remediation of
alkaline soil.
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Bioremediation is an efficient strategy for cleaning up sites contaminated with organic pollutants. In this study, we evaluated the
effectiveness of monitored natural attenuation, bioenrichment, and bioaugmentation using a consortium of three actinomycetes
strains in remediating two distinct typical Brazilian soils from the Atlantic Forest and Cerrado biomes that were contaminated
with crude oil, with or without the addition of NaCl. Microcosms were used to simulate bioremediation treatments over a 120-
day period. During this period, we monitored total petroleum hydrocarbons (TPHs) and n-alkanes degradation and changes in
bacterial communities. Over time, we found the degradation rate of n-alkanes was higher than TPH in both soils, independent of
the treatment used. In fact, our data show that the total bacterial community in the soils was mainly affected by the experimental
period of time, while the type of bioremediation treatment used was the main factor influencing the actinomycetes populations
in both soils. Based on these data, we conclude that monitored natural attenuation is the best strategy for remediation of the two
tropical soils studied, with or without salt addition.

1. Introduction

The high demand for and use of petroleum and its derivatives
worldwide has made petroleum hydrocarbon contamination
a global problem with serious health and environmental
consequences [1–3].

Contamination of soil and groundwater with petroleum
compounds is frequently observed, necessitating the devel-
opment of innovative technologies for remediation [4, 5].

Bioremediation is an efficient and environmentally
friendly technology for long-term restoration of sites con-
taminated with petroleum hydrocarbons and derivatives
[5, 6]. Several studies have focused on the composition
of naturally occurring microbial populations that con-
tribute to biodegradation of petroleum and its deriva-
tives in different environments [7–10]. Monitored natural
attenuation (MNA) uses the ability of the soil intrinsic

microbial community to degrade the contaminant. In cases
where enhancement of the soil microbial community is
deemed necessary, either bioaugmentation or bioenrichment
is used. Bioaugmentation relies upon pollutant-degrading
microorganisms found in the contaminated site, whereas
in bioenrichment the microorganisms are exogenous [11,
12]. Regardless, studies of both approaches have demon-
strated that the degrading organisms are not maintained
in the contaminated environment after introduction [13,
14]. Therefore, molecular methods that rapidly survey the
microbial community structure and function [15] are being
employed extensively to monitor both the persistence of
the microbial inocula added to the contaminated site and
the effects of the introduced microorganisms upon the
indigenous microbiota [16].

Actinomycetes have been widely used in bioremedia-
tion in soils contaminated with petroleum and derivatives
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[5, 17, 18]. Actinomycetes have several characteristics that are
essential for this ability: they are excellent metabolizers, they
are able to survive in extreme conditions such as dry envi-
ronments or under nutrient starvation, and they produce
biosurfactants, which increase contaminant biodisponibility
and facilitate biodegradation process.

In a previous study, Alvarez et al. [19] isolated 14
halotolerant actinobacterial strains from a soil contaminated
with crude oil and produced water sampled at Panelas,
a terrestrial oil field in Brazil. The environment impact
of the oil contamination was exacerbated by the presence
of moderate salt concentration (around 7% NaCl) in the
produced water. All 14 strains showed the ability to degrade
crude oil and some oil derivatives [19]. However, these
strains were not tested for their ability to degrade oil in
a mixed microbial consortium. In this study, we consider
the application of these strains for soil bioremediation after
crude oil contamination in the Brazilian oil field area studied,
Panelas and another site, Cantagalo. Specifically, we aim to
(a) select a bacterial consortium from the previously isolated
strains based on their growth capabilities and degradation
profiles; (b) set up soil microcosms using two representative
soils from Brazilian biomes, Cantagalo soil from the Atlantic
Forest and Panelas soil from Cerrado, with or without the
addition of salt; (c) compare the efficiency of monitored
natural attenuation, bioaugmentation, or bioenrichment
during a 120-day experiment; and (d) analyze the effect of
each bioremediation treatment on total bacterial community
and actinomycetes population by 16S rRNA-based PCR
and denaturing gradient gel electrophoresis (DGGE). The
results of this study will be of great use, given that oil
spills may occur in the Brazilian areas studied, leading
to environmental impacts in either Cerrado or Atlantic
Forest biomes. Moreover, monitoring the persistence of the
bacterial inocula added to the contaminated site and its
effects upon the indigenous microbiota can provide main
tools for future use of these bacteria.

2. Materials and Methods

2.1. Bacterial Strains. We chose seven of the 14 halotolerant
actinobacterial strains identified in Alvarez et al. [19] for use
in this study based upon their ability to degrade crude oil and
petroleum derivatives in Bushnell-Haas (BH, Difco) medium
containing 7% NaCl, their growth in mineral medium using
crude oil as the sole source of carbon, and their ease of
maintenance under laboratory conditions (Table 1).

2.2. Total Petroleum Hydrocarbons (TPH) and n-Alkanes
Degradation Analyses. All seven selected strains were grown
for 30 days at 28◦C in 20 mL of BH medium with 7% NaCl
and 1,000 ppm crude oil. TPH and n-alkanes concentrations
were determined using the EPA 8015 C technique [20].

2.3. Soil Microcosms. Two 3-kg pristine soil samples were
collected from the Atlantic Forest and Cerrado biomes in
Brazil. The Atlantic Forest soil was sampled from a farm
located in Cantagalo city at Rio de Janeiro state (latitude

21◦58′52′′ and longitude 42◦22′05′′—Southeast Brazil). The
Cerrado soil sample was obtained near an oil field area in
Panelas located at Carmópolis City, Sergipe state (latitude
10◦38′53′′ and longitude 36◦59′20′′—Northeast Brazil).
Characteristics of each soil are detailed in Table 2.

In order to set up our microcosms of each soil, two
portions of 684 g of each soil were contaminated with 36 g
(50,000 ppm) of crude oil from the Panelas oil field. The
first portion was then subdivided into two equal parts of
360 g each. One 360 g portion was supplemented with 21 mL
of a 0.85% NaCl solution. The soil was then homogenized
and distributed between three polyvinyl chloride (PVC) pots
(25 cm in circumference, 8 cm in diameter and 12 cm high)
lined with aluminum foil and plastic. These pots simulated
a monitored natural attenuation (MNA) treatment in both
soils without the addition of NaCl. The other 360 g portion
was supplemented with 21 mL of a 0.85% NaCl solution and
108 CFU/mL of the bacterial consortium. The soil was then
homogenized and distributed between three PVC pots. To
prepare the bacterial consortium inoculum, the strains G.
rubripectinta DTSB 2.5, R. equi DLB 2.6, and G. alkanivorans
DLB 3.22 were grown separately at 28◦C for 72 h in 20 mL
of LB medium (tryptone 1%, yeast extract 0.5%, NaCl 0.5%)
with crude oil (20 μL). Each strain was then inoculated in an
Erlenmeyer containing 180 mL of LB medium and grown at
28◦C for 72 h. The resultant cells were washed three times
with saline (NaCl 0.85%) before inoculation, and 100 μL was
used to determine the CFU/mL. The other 360 g portion of
soil was prepared identically; however, a 7% NaCl solution
was used instead. Microcosms were incubated for 120 days at
room temperature. The pots were watered based on the water
holding capacity of the soil and revolved for aeration twice a
week.

In the case of soil from Panelas, the soil inoculated
with bacteria represented bioaugmentation—BA (no salt) or
BAS (salt). Conversely, soil from Cantagalo inoculated with
bacteria represented bioenrichment—BE (no salt) or BES
(salt). The microcosms submitted to MNA with salt were
denoted MNAS.

2.4. Soil Petroleum Hydrocarbons and n-Alkanes Analyses.
Composite samples were obtained for each bioremedia-
tion treatment by mixing 4 g of soil obtained from each
triplicate. Total petroleum hydrocarbons (TPHs) and n-
alkanes concentrations were determined by gas chromatog-
raphy using the EPA 8015 D technique [22]. Percentages
of degradation were calculated using the n-alkanes and
TPH values obtained in T0 and T120 for each bioreme-
diation treatment by the following expressions: percentage
of TPH degradation= [(TPHT0 − TPHT120)/TPHT0] × 100
or percentage of n-alkanes degradation = [(alkanesT0 −
alkanesT120)/alkanesT0] × 100. The efficiencies of bioen-
richment and bioaugmentation were compared to those
observed for monitored natural attenuation as follows: effi-
ciency of BE/BA for TPH degradation= percentage of TPH
degradation using BE/BA − percentage of TPH degradation
using MNA Cantagalo/MNA Panelas.
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Table 2: Physical and chemical characteristics of Cantagalo and
Panelas soils.

Soil property Cantagalo/ RJ Panelas/SE

pH 6.3 4.6

P (mg dm−3) 13 6

K (mmolc dm−3) 7 2.2

Ca (mmolc dm−3) 43.3 27

Mg (mmolc dm−3) 38.5 12

Al (mmolc dm−3) 0 3

H + Al (mmolc dm−3) 35.3 85

Na (mmolc dm−3) 0.6 1.7

V (%)a 72 34

m (%)b 0 2.3

ISNa (%)c 0 1

Fe (mg dm−3) 35.33 312

Cu (mg dm−3) 0.42 0.8

Zn (mg dm−3) 5.45 2

Mn (mg dm−3) 98.97 3.8

Sand (%) 76 66

Silt (%) 8 12

Clay (%) 16 22

Classificationd Sandy-loam Clay-sandy
a
Bases saturation index; baluminum saturation index; csodium saturation

index. dtrilinear soil classification was made according with the percentages
of sand, silt, and clay [21].

2.5. DNA Extraction. The oil-contaminated soil microcosms
were sampled at 0, 30, 60, 90, and 120 days for molecular
analyses. Soil samples of 0.5 g were taken from each triplicate
under different bioremediation treatments. Total DNA was
extracted from these soil samples using the Fast DNA Spin
Kit for Soil (Qbiogene, BIO 101 Systems, USA) according
to the manufacturer’s instructions. DNA was extracted from
the bacterial strains used in the consortium using the
methodology described by Seldin and Dubnau [23]. DNAs
were visualized on 0.8% (w/v) agarose gels to assess their
integrity and then stored at 4◦C prior to their use in PCR
reactions.

2.6. PCR Amplification of Bacterial 16S rRNA Genes. A
473 bp fragment of the bacterial 16S rRNA gene was
amplified using PCR primers U968F-GC1 and 1401R [24].
The 50-μL PCR reaction mix contained 1 μL of template
DNA (corresponding to 50–100 ng), 1x Colorless GoTaq
Flexi Buffer, pH 8.5 (Promega, Madison, WI, USA), 5 mM
MgCl2, 200 μmol of each dNTPs, 20 ρmol of each primer,
5 μg of bovine serum albumin (BSA), and 2.5 U of Taq poly-
merase. Amplification conditions were previously described
by Nübel et al. [25]. Negative controls without DNA were
run in all amplifications. PCR products were visualized by
electrophoresis on 1.4% agarose gels stained with ethidium
bromide (2 μg/mL). Amplicons were stored at −20◦C until
DGGE analysis.

2.7. PCR Amplification of Actinomycetes 16S rRNA Genes.
For specific amplification of 16S rRNA gene fragments from

actinomycetes, the primers F243 (5′ GGATGAGCCCGCG-
GCCTA 3′), U968F-GC1 (5′ ACCGCGAAGAACCTTAC 3′)
and 1401R (5′ GCGTGTGTACAAGACCC 3′), were used in
a two-step nested PCR [26]. The 25 μL PCR reaction mixture
contained 1x Colorless GoTaq Flexi Buffer (pH 8.5), 2.5 mM
MgCl2, 200 μmol of each dNTPs, 100 nM of each primer
(F243 and 1401R), 1 μL of DNA template, and 1.25 U of Taq
polymerase. Amplification conditions were as follows: initial
denaturation for 5 min at 94◦C; 35 cycles using 1 min of
denaturation at 94◦C, 1 min at 58◦C for primer annealing,
and 2 min at 72◦C for primer extension; a final extension
for 10 min at 72◦C; cooling to 4◦C. Expected fragments of
1158 bp were visualized by electrophoresis on 1.4% agarose
gels stained with ethidium bromide (2 μg/mL) and then
used as templates for the second amplification. The second
reaction was performed as described above using the primers
U968F-GC1 and 1401R.

2.8. Denaturing Gradient Gel Electrophoresis (DGGE). DGGE
using 16S rRNA gene PCR products obtained either from
total bacterial communities or from the specific populations
of actinomycetes was performed using a Dcode Universal
Mutation Detection System (Bio-Rad, Calif, USA). PCR
amplicons were loaded directly onto a 8% (w/v) polyacry-
lamide gel containing a denaturing gradient of urea and for-
mamide varying from 40% to 70% in 1x TAE buffer (40 mM
Tris-acetate (pH 7.4), 20 mM sodium acetate, and 1 mM
disodium EDTA). DGGE was run for 16 h at 60◦C and 75 V
and then stained with SYBR-Green I (Invitrogen-Molecular
Probes, SP, Brazil) for 40 min. Stained gel was visualized
under UV light and digitized using STORM (Amersham
Pharmacia Biotech, Munich, Germany). Clustering patterns
of different profiles from DGGE were obtained using Gel-
Compar II 4.06 software (Applied Maths, Saint Martens-
Latem, Belgium), Pearson’s coefficient and the clustering
method of unweighted pair-group method using arithmetic
averages (UPGMA).

2.9. Canonical Correspondence Analysis (CCA). Canonical
correspondence analysis (CCA) was used to correlate DGGE
profiles (biological variables) with environmental variables
(sampling time—T0, T60, and T120, bioremediation treat-
ment, NaCl addition, and TPH and n-alkanes degradation).
CCA was also used to cluster DGGE profiles obtained after
120 days of bioremediation experiment with the physical
and chemical composition of soils used (Cantagalo and
Panelas). CCA was performed using Canoco for Windows 4.5
(Microcomputer Power, Ithaca, NY).

3. Results

3.1. Consortium Selection. We chose to study seven of the 14
halotolerant actinomycetes strains previously isolated from
Panelas, a tropical soil-containing area from the northeast of
Brazil, which is described by Alvarez et al. [19]. Strains were
chosen based on their profiles of degradation of petroleum
derivatives (Table 1) and good growth and maintenance
under laboratory conditions. They were first tested for
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Table 3: Degradation rates of n-alkanes and TPH for each
bioremediation treatment.

Soil
Bioremediation

treatmenta
n-alkanes

degradation (%)
TPH

degradation (%)

Cantagalo

MNA 56.5 15.6

MNAS 64.8 32.5

BE 60 24.8

BES 67.7 36.2

Panelas

MNA 74 38.1

MNAS 78.1 39.3

BA 78.4 47.5

BAS 77.3 51.3
a
MNA, monitored natural attenuation; MNAS, monitored natural attenua-

tion in soil with the addition of NaCl; BE, bioenrichment; BES, bioenrich-
ment in soil with NaCl; BA, bioaugmentation; BAS, bioaugmentation in soil
with NaCl.

TPH and n-alkanes degradation after growth in medium
containing 7% of NaCl. All strains tested showed n-alkanes
degradation rates of at least 50% (Table 1). Strains DTSB 3.4,
DTSB 3.6, and DLB 3.4 almost reached 100% degradation
(Table 1). Conversely, TPH degradation rates were lower
than those observed for n-alkanes, ranging from 10 to
70%. The best rates of TPH degradation (60 to 70%) were
observed in the DLB 3.22, DTSB 2.3, DLB 2.6, and DTSB
2.5 strains (Table 1). These strains were previously identified
as Gordonia alkanivorans (DLB 3.22), Rhodococcus sp. (DTSB
2.3), R. equi (DLB 2.6), and G. rubriperctinta (DTSB 2.5)
[19]. After initial testing, DLB 3.22, DTSB 2.3, and DLB 2.6
were chosen to represent the bacterial consortium due to
their broad profiles of degradation of petroleum derivatives
and good rates of n-alkanes and TPH degradation. Strain
DTSB 2.3 was excluded from the consortium because it
showed a degradation profile similar to DTSB 2.5, except that
it lacked the ability to use naphthalene as a sole carbon source
(Table 1).

3.2. Crude Oil Contamination Assay. We conducted three
different bioremediation treatments in microcosms to eval-
uate the efficiency of crude oil degradation in artificially
contaminated soils. We assessed the following treatments
both in the presence or absence of salt: (a) monitored natural
attenuation (MNA) of both soils; (b) bioenrichment (BE)
used specifically in Cantagalo soil; (c) bioaugmentation (BA)
used in Panelas soil. After 120 days, the degradation rates
of n-alkanes were higher than the rates of TPH degradation
in all treatment scenarios and in both soils (Table 3).
However, degradation of n-alkanes and TPH in the Panelas
soil microcosms were higher than those of the Cantagalo soil.
Bioenrichment (BE and BES) and bioaugmentation (BA and
BAS) resulted in a slight increase in the biodegradation rates
of both n-alkanes and TPH when compared to monitored
natural attenuation (MNA and MNAS) (Table 3). There
was no considerable difference in the efficiency of n-alkanes
degradation by bioenrichment treatment with or without the
addition of salt. However, the addition of salt resulted in
differences in TPH degradation efficiency. The efficiency of

bioenrichment treatment in Cantagalo soil decreased from
9% (BE) to 4% (BES) in the presence of salt, whereas the
efficiency of bioaugmentation in Panelas soil increased from
9% (BA) to 12% (BAS) when salt was added (Table 3).

3.3. Molecular Analysis of Total Bacterial Communities and
Actinomycetes. Native bacterial and actinomycetes consor-
tium DNA was recovered from the soil microcosms at 0, 30,
60, 90, and 120 days (for each bioremediation treatment) and
then subjected to PCR to amplify a 473 bp band correspond-
ing to the 16S rRNA encoding gene. DGGE fingerprints were
also generated for each sample producing consistent DGGE
profiles among triplicate samples (data not shown). The
composition of the bacterial communities from Cantagalo
and Panelas soils changed throughout the course of the
bioremediation treatments (Figures 1(a) and 1(b)) although
DGGE bands corresponding to the bacterial consortium
could be observed in all bioenriched or bioaugmented
samples, with or without the addition of NaCl (Figures
1(a) and 1(b)). Clustering DGGE pattern profiles of the
total bacterial communities showed that the duration of the
bioremediation experiment was the main factor affecting
total bacterial communities in both soils (Figures 1(c) and
1(d)). In Cantagalo soil, two main clusters were formed with
70% similarity: one formed by time 0 and the other from
the 30-, 60-, 90-, and 120-day samples. The 30- and 60-day
samples showed the most similarity to each other, 87%. In
Panelas soil, two clusters showed 78% of similarity: one was
formed by times 0, 30, and 60 days and the other by 90 and
120 days.

Actinomycetes populations present in both soils studied
also varied throughout the bioremediation experiment (Fig-
ures 2(a) and 2(b)). However, in this case, the bioremediation
treatment, rather than time as in the case of total bacterial
community, was the main factor influencing changes in the
actinomycetes populations from both soils. In Cantagalo soil,
actinomycetes populations experienced an initial negative
impact on their growth rate until day 60, likely due to oil
contamination of soil. However, after 90 days (T90 and
T120), the intensity of preexisting bands increased, and new
bands were observed (Figure 2(a)). No significant changes
were visualized between the BE and BES treatments of
Cantagalo soil. The main difference between bioenrichment
and MNA/MNAS was the presence of the bacterial con-
sortium corresponding bands, plotted on a dendrogram
(Figure 2(c)). DGGE profiles of BE and BES treatments were
78% similar to the MNA and MNAS treatment profiles.
Moreover, the 90- and 120-day samples from MNA and
MNAS were 72% similar to all of the remaining samples.

In Panelas soil, MNA and MNAS treatments did not vary
much from each other during the entire 120-day experiment
(Figure 2(b)). In BAS treatment conditions, the bacterial
consortium corresponding bands were initially weak and
not detectable at day 0 in DGGE. However, from day 30
to 120, the bacterial consortium bands became intense and
were easily detectable (Figure 2(b)). The visual interpretation
of these DGGE profiles was confirmed through plotting of
a dendrogram of the actinomycetes populations in Panelas
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Figure 1: Denaturing gradient gel electrophoresis (DGGE) fingerprints of bacterial 16S rRNA gene fragments amplified from Cantagalo (a)
and Panelas (b) microcosms submitted to different bioremediation treatments and sampled after 0, 30, 60, 90, and 120 days. Lanes: (1, 6, 11,
16, 21 and 26) 1 Kb ladder, (2) MNA T0, (3) MNAS T0, (4) BE/BA T0, (5) BES/BAS T0, (7) MNA T30, (8) MNAS T30, (9) BE/BA T30, (10)
BES/BAS T30, (12) MNA T60, (13) MNAS T60, (14) BE/BA T60, (15) BES/BAS T60, (17) MNA T90, (18) MNAS T90, (19) BE/BA T90, (20)
BES/BAS T90, (22) MNA T120, (23) MNAS T120, (24) BE/BA T120, and (25) BES/BAS T120. Strains used for the bacterial consortium: (27)
Gordonia alkanivorans DLB 3.22, (28) G. rubriperctinta DTSB 2.5, and (29) Rhodococcus equi DLB 2.6. GelCompar II 4.06 software was used
to generate the dendrogram based on the DGGE clustering profiles of the soils from Cantagalo (c) and Panelas (d) using Pearson’s coefficient
and the clustering method of UPGMA.

soil (Figure 2(d)). This dendrogram shows that BAS T0
was 45% similar to the major cluster of all other samples.
Furthermore, all samples from bioaugmentation (BA and
BAS, except BAS T0) and all samples from monitored natural
attenuation (MNA and MNAS) were 65% similar to each
other. Further subgrouping formed between the treatments
with and without the addition of NaCl (MNA ×MNAS and
BA × BAS) can be seen in Figure 2(d).

3.4. Canonical Correspondence Analysis. CCA analysis of
both soils corroborated the results obtained from clustering
the DGGE profiles. This analysis showed that the separation
of these profiles was determined by the amount of time they
were submitted to bioremediation treatment, as seen when
these sample profiles were plotted by axis 1 with a high
degree of variability, 87.6% in Cantagalo soil (Figure 3(a))
and 52.8% in Panelas soil (Figure 3(b)). In the Cantagalo soil
CCA analysis, axis 2 separated DGGE profiles of microcosms
with added NaCl from those without NaCl with a 12.4%
variability. Moreover, the environmental variables of TPH

and n-alkanes degradation were correlated with the points
corresponding to T60 and T120 in the soil from Cantagalo,
particularly with those soils which had additional salt (BES
T60 and BES T120, corresponding to points 11 and 12). In
Panelas soil, axis 2 separated DGGE profiles according to the
type of bioremediation treatment used. Points representing
MNA (points 2 and 3) and MNAS (points 5 and 6) were
separated from points representing BA (points 8 and 9)
and BAS (points 11 and 12) with 47.2% variability. The
environmental variables of TPH and n-alkanes degradation
were correlated to points of 60 and 120 days (with the
exception of points 2 and 5 representing MNAS T60 and
MNA T60), similar to what was seen with Cantagalo soil.

CCA analysis was also used to correlate the DGGE
profiles of all bacterial communities from T120 related
to Cantagalo and Panelas soils with the physical and
chemical properties of each soil (Figure 4). After 120 days
of bioremediation, the points representing the Cantagalo
soil profiles (points 1, 2, 3, and 4) were separated from
points representing Panelas soil profiles (points 5, 6, 7,
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Figure 2: Denaturing gradient gel electrophoresis (DGGE) fingerprints of actinomycetes populations from Cantagalo (a) and Panelas (b)
microcosms submitted to different bioremediation treatments and sampled after 0, 30, 60, 90, and 120 days. Lanes: (1, 7, 13, 19 and 28)
1 Kb ladder, (2) MNA T0, (3) MNA T30, (4) MNA T60, (5) MNA T90, (6) MNA T120, (8) MNAS T0, (9) MNAS T30, (10) MNAS T60,
(11) MNAS T90, (12) MNAS T120, (14) BE/BA T0, (15) BE/BA T30, (16) BE/BA T60, (17) BE/BA T90, (18) BE/BA T120, (20) BES/BAS T0,
(21) BES/BAS T30, (22) BES/BAS T60, (23) BES/BAS T90, and (24) BES/BAS T120. Strains used for the bacterial consortium: (25) Gordonia
alkanivorans DLB 3.22, (26) G. rubriperctinta DTSB 2.5, and (27) Rhodococcus equi DLB 2.6. Dendrogram based on the DGGE clustering
profiles of the soils from Cantagalo (c) and Panelas (d) using Pearson’s coefficient and the clustering method of UPGMA.

and 8), independent of the bioremediation treatment used.
This separation pattern was influenced by environmental
variables such as the physical and chemical composition of
soils (represented by vectors). The separation of MNAS and
BA treatments of Panelas soil (points 6 and 7) from the other
treatments was due to a strong correlation with TPH and n-
alkanes degradation variables.

4. Discussion

Bioaugmentation and bioenrichment are successful tech-
nologies for bioremediation in sites that lack significant
microbial populations capable of degrading petroleum and
its derivatives [27–29]. However, choosing efficient biode-
graders for inoculation is not an easy task. In this study,
three actinomycetes strains were chosen to be used for
either bioaugmentation or bioenrichment of two different
Brazilian soils that were artificially contaminated with crude
oil and supplemented or not with NaCl. Two of the strains
belonged to the genus Gordonia (G. rubriperctinta and G.
alkanivorans) and one to Rhodococcus (R. equi). Our choice
was reinforced by data demonstrating that actinomycetes can

degrade n-alkanes and show great potential for bioremedia-
tion [10]. Specifically, Gordonia have the ability to degrade
or modify aliphatic hydrocarbons [30], and Rhodococcus
can degrade petroleum hydrocarbons and their derivatives
[31, 32]. Moreover, actinomycetes are known to grow even
under restrictive conditions and can persist in unfavorable
environments for long periods of time [33].

During the bioremediation experiments, n-alkane and
TPH degradation rates were determined under all condi-
tions. Naturally occurring microbial communities from the
Panelas soil sample were more effective in n-alkanes and TPH
degradation than those found in the Cantagalo soil sample.
Therefore, bioaugmentation using indigenous halotolerant
bacterial strains may be a good strategy to treat oil-
contaminated Panelas soil because indigenous microorgan-
isms usually adapt more easily during reintroduction to their
native soils [7]. Similarly, Zhuang et al. [34] demonstrated
that bioremediation of saline soils and wastewaters were
possible with the addition of halotolerant microorganisms.

We analyzed the bacterial community structure over
a 120-day period of bioremediation by 16S rRNA gene-
based PCR-DGGE and found that the length of treatment
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Figure 3: Ordination biplot displaying the first and second axis of a canonical correspondence analysis (CCA) using DGGE profiles
(biological variables, open circles) and environmental variables (arrows) from Cantagalo (a) and Panelas (b) soil microcosms during
bioremediation over time. (1) MNA T0, (2) MNA T60, (3) MNA T120, (4) MNAS T0, (5) MNAS T60, (6) MNAS T120, (7) BE/BA T0,
(8) BE/BA T60, (9) BE/BA T120, (10) BES/BAS T0, (11) BES/BAS T60, and (12) BES/BAS T120.
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Figure 4: Ordination biplot displaying the first and second axis of
a canonical correspondence analysis (CCA) using DGGE profiles
(biological variables, open circles) and environmental variables
(arrows) from Cantagalo and Panelas soils microcosms after
120 days of the bioremediation experiment. (1) MNA/Cantagalo,
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was the main factor influencing the bacterial communities
found in both soils we tested. This is consistent with
previous work by Ciric et al. [16], which observed changes
within the bacterial community during remediation in
diesel-contaminated groundwater. Likewise, Piskonen et al.
[35] observed the selection of specific bacterial populations
during the biodegradation process in soil contaminated with
polyaromatic hydrocarbons.

Through our monitoring of actinomycetes in this study,
we found that the type of bioremediation treatment used was
the main factor influencing the actinobacterial population in
both soils. In Panelas soil, the addition of NaCl also resulted
in changes within the actinomycetes population. This data is
in line with previous work by De Azeredo et al. [36], which
demonstrated that a community of mycolic-acid containing
actinomycetes was affected by an increase in salinity during
the treatment of industrial saline waste water.

Differences in the composition of both the soils used
and the bioremediation treatment chosen contributed to
the divergent results observed between Cantagalo and
Panelas soil bacterial communities. CCA analysis clearly
demonstrated these differences when DGGE profiles of
total bacterial community of Cantagalo soil were clustered
separately from the profiles of Panelas soil, likely influenced
by physical and chemical compositions of each soil. Recent
work by Hamamura et al. [10] suggests that the type and
the concentration of nutrients in soil, as well as its physical
composition and environmental parameters, influence the
composition of microbial community and contribute to
the variation observed in petroleum degrading populations.
Thus, we believe that these soil characteristics may explain
the difference in hydrocarbon mineralization rates during
microbial degradation in different soils [3].

In summary, bioenrichment and bioaugmentation treat-
ments showed slightly better results than monitored natural
attenuation treatments in remediating Cantagalo and Pan-
elas soils. Our added bacterial consortium persisted through-
out the 120-day experiment and did not seem to disturb the
indigenous soil microbiota, indicating these bacteria work
well for bioremediation. However, the question remains of
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whether the addition of the bacterial consortium is worth-
while due to the cost of bioenrichment or bioaugmentation.
A recent study by Baek et al. [17] tested five different
treatments (monitored natural attenuation, biostimulation,
biosurfactant addition, bioaugmentation, and a combination
of the later three treatments) for the bioremediation of a
soil contaminated with crude oil. They found that the TPH
concentration was similar in all treatments. Thus, monitored
natural attenuation was considered the method of choice
because it did not result in changes in the structure of the
bacterial community. Other studies have also demonstrated
that monitoring the microbial community and contaminant
degradation in a polluted environment might be an efficient
strategy for bioremediation [37, 38]. Indeed, Couto et al.
[2] concluded that monitored natural attenuation was the
most efficient and the cost effective treatment (among MNA,
biostimulation, and bioaugmentation) for decontamination
of refinery soil contaminated with crude oil.

In terms of environmental relevance to the biomes
studied, the use of bioenrichment and bioaugmentation
treatments yielded slightly better results in remediating
Cantagalo and Panelas soils. However, monitored natural
attenuation was considered the most cost-effective approach
for bioremediation of the tropical soils when an oil spill
occurs in these areas.
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Soil bacteria exhibit short-term variations in community structure, providing an indication of anthropogenic disturbances. In
this study, microbial biomass carbon (MBC), potentially mineralizable nitrogen (PMN), community level physiological profiling
(CLPP), and culture-dependent DGGE (CD DGGE) fingerprinting of the 16S rRNA gene were used to compare microbial
communities in organic farm and pasture soils subjected to differing agronomic treatments. Correlation analyses revealed
significant relationships between MBC, PMN, and data derived from microbial community analyses. All measures separated
soil types but varied in their ability to distinguish among treatments within a soil type. Overall, MBC, PMN, and CLPP were
most responsive to compost and manure amendments, while CD DGGE resolved differences in legume cropping and inorganic
fertilization. The results support the hypothesis that culturable soil bacteria are a responsive fraction of the total microbial
community, sensitive to agronomic perturbations and amenable to further studies aimed at linking community structure with
soil functions.

1. Introduction

Microorganisms play essential roles in organic matter
decomposition, nutrient cycling, and plant productivity [1,
2]. Parameters that integrate diverse microbial populations
into a single measure, such as microbial biomass carbon
(MBC) and potentially mineralizable nitrogen (PMN), his-
torically have proven to be useful and are widely employed
measures of soil quality [3, 4]. Microbial biomass C encom-
passes a small labile fraction of total soil organic carbon that
responds actively to changes in soil fertility, supports soil
aggregation, and can be related to environmental factors such
as climate, soil moisture, texture, and organic matter quality
[5]. Potentially mineralizable nitrogen provides an index of
a soil’s nitrogen-supplying capacity and has been positively
correlated with other chemical and physical indicators of soil
quality [4].

Various measures of functional and structural diversity in
microbial communities have been proposed as appropriate
indicators of changing soil quality [3, 6]. Community-
level physiological profiling (CLPP) measures soil functional

diversity by characterizing the relative utilization of a suite
of carbon substrates. Community-level physiological pro-
filing is a culture-based enrichment method that primarily
characterizes and selects for fast-growing organisms that
may be distinct from dominant bacteria in soil inocula
[7, 8]; therefore, the ecological significance of CLPP data
sometimes is questioned [9, 10]. However, numerous studies
have shown that CLPP is appropriately responsive to a wide
variety of agronomic perturbations [11–18].

Several methodologies have been developed to charac-
terize microbial structural diversity that rely on nucleic acid
extraction followed by gene amplification and community
fingerprinting [19, 20]. Fingerprinting techniques cannot
resolve total species richness and only profile a small fraction
of the total bacterial diversity depending on the resolution
of each individual method [21, 22]. A current paradigm
states that culture-independent molecular methods provide
a better representation of soil bacterial communities, since
theoretically they include novel, numerically abundant, but
difficult-to-culture groups such as the Acidobacteria and
Verrucomicrobia [23–26]. However, an alternate hypothesis
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suggests that fingerprints of readily culturable bacteria may
be more responsive to anthropogenic perturbations since
they often exhibit rapid growth and produce substantial
biomass [27]. Recently, we investigated a plate wash method
to construct culture-dependent denaturing gradient gel
electrophoresis (CD DGGE) profiles of the 16S rRNA gene
[28]. We reported that CD DGGE profiled distinct fractions
of the soil bacterial community that were not captured using
culture-independent DGGE. In addition, the CD DGGE gels
showed clear banding patterns of sufficient complexity and
variability to investigate differences in microbial communi-
ties. The objectives of the present paper were to: (1) examine
the responsiveness of CD DGGE fingerprints from pasture
and organic farm soils that have been exposed to differing
fertility regimes and (2) explore potential relationships
between the CD DGGE profiles and MBC, PMN, and CLPP.

2. Materials and Methods

2.1. Description of Field Sites. The West Virginia University
(WVU) Organic Research Farm is located in Monongalia
County, West Virginia, United States of America (39◦38′

34′′N, 79◦56′04′′W). Soils on the farm are Dormont and
Guernsey silt loams (fine loamy mixed, superactive, mesic,
Oxyaquic Hapludalfs) [29]. The market garden has a com-
pletely randomized design with four plots (4.9 × 7.6 m) per
treatment [30]. Treatments included fertility input (compost
and green manure) and annual crop rotation among four
plant families (Fabaceae, Solanaceae, Cucurbitaceae, and
Asteraceae). High-input plots received composted dairy
manure (composted 1 : 1 cow manure and leaf litter applied
at 22.4 Mg ha−1 based on wet weight), and green manure
comprised of approximately equal parts rye (Secale cereale)
and vetch (Vicia villosa) applied at approximately 10 Mg
ha−1 and tilled into the soil 1–3 days prior to planting. Low-
input plots received only green manure applied as described
above. Treatments were applied to plots in late April and early
May. Details of compost analyses, soil fertility, and crop yield
in these plots have previously been reported by Childers [30].

The West Virginia University Reedsville Experiment
Farm is located in Preston County, West Virginia, United
States of America (39◦30′55′′N, 79◦48′70′′W). Soils on
the farm are mapped in the Gilpin (fine-loamy, mixed,
semiactive, mesic Typic Hapludults) and Wharton (fine-
loamy, mixed, mesic Aquic Hapludults) soil series [29]. Over
the past decade, this experimental pasture has been limed
to maintain a pH circa 6.5 and fertilized with two levels of
inorganic fertilizer inputs, that is, high fertility (P 134 kg
ha−1 and K 390 kg ha−1) or low fertility (P 67 kg ha−1

and K 195 kg ha−1). The predominant pasture grasses were
orchard grass (Dactylis glomerata), Kentucky bluegrass (Poa
pratensis), and meadow fescue (Festuca elatior) interspersed
with white clover (Trifolium repens) and red clover (Trifolium
pratense). The percentage of legumes averaged 36% and 10%
in high- and low-fertility plots, respectively [31].

2.2. Soil Sampling. On the WVU Organic Research Farm
composite (12 cores), surface soil samples (15 cm depth ×

2.5 cm diameter) were collected in June and August from
each of high- and low-input plot that had been planted
with beans (Phaseolus vulgaris), peas (Pisum sativum), and
tomatoes (Lycopersicon esculentum) and peppers (Capsicum
annuum). Ten soil cores (16 cm depth× 2 cm diameter) were
collected from each plot at ∼1.5 meter intervals along two
transects at the midpoint between crop rows. Soil samples
were bulked, placed in polyethylene bags, transported on ice
to the laboratory, sieved (<2 mm), and refrigerated at 4◦C.

On the Reedsville Experimental Farm, fenced exper-
imental subplots were established in June on adjacent
high- and low-fertility pasture sites and amended with a
manure treatment. Each plot was subdivided into quadrants
(1 m × 1 m), which were randomly assigned to receive a
manure patch or remain as an untreated control. Manure
patches (25 cm diameter, 5 cm height) were fabricated from
fresh manure collected from the same fields. Five replicate
quadrants from each treatment were sampled at days 0, 21,
40, 63, and 123 after site establishment. On day 0, only the
non-manured (control) soils were sampled. Four to five of
the samples were used for analysis, depending on the type
of analysis. Twelve soil core samples (15 cm depth × 2.5 cm
diameter) were collected from each quadrant. Core samples
were bulked, placed in polyethylene bags, transported on ice
to the laboratory, sieved (<2 mm), and refrigerated at 4◦C.

2.3. Microbial Biomass Carbon and Potentially Mineralizable
Nitrogen. Microbial biomass carbon was extracted from
moist soil (80% water-filled porosity) according to the
method of Islam and Weil [32]. Total carbon in soil extracts
was measured using a Dohrmann DC-190 TOC analyzer
(Rosemount Analytical Inc., Santa Clara, Calif, USA). PMN
was determined according to the methods described in
Keeney [33]. Ammonia in each sample was measured using
a Lachat flow injection analyzer (Hach Company, Loveland,
Colo, USA) using the phenolate method.

2.4. Community Level Physiological Profiling. The ability of
soil microbial communities to utilize a variety of carbon
sources was assessed using community-level physiological
profiling originally developed by Garland and Mills [34].
Sterile waring blenders were used to homogenize (1 min,
max speed, 3x with intermittent cooling on ice) 20 g of
soil in 180 mL Winogradsky Salts Solution (WSS) [35].
Homogenate was diluted (10−3) and used to inoculate
(100 µL well−1) BIOLOG ECO Plate MicroPlates (Biolog
Inc., Hayward, Calif, USA). Each plate contained triplicates
of 31 individual carbon substrates, plus 3 control wells
lacking a carbon source. The microplates were incubated
at 25◦C for five days. Utilization of the carbon source was
monitored by measuring absorbance at 590 nm. Readings
were taken every 24 hours using an automated plate reader
(SpectraMAX 340 pc, Molecular Devices, Sunnyvale, Calif,
USA). Absorbance values from the late-log phase of the
growth curves (63 hours) were used to calculate diversity
indices and principal component as described in Section 2.6.
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2.5. Culture-Dependent Denaturing Gradient Gel Elec-
trophoresis. A detailed description of this procedure is
presented in Edenborn and Sexstone [28]. Briefly, twenty
grams (dry weight) of composite soil samples from each
plot were placed in sterile Waring blenders and shaken for
one minute at high speed (3x with intermittent cooling on
ice) in 180 mL of sterile WSS. Blended suspensions were
diluted (10−2) in sterile WSS, and 100 µL was plated onto
each of four replicate agar plates (final dilution = 10−3)
and incubated aerobically for two weeks at 25◦C. Cultured
cells were washed sequentially from four replicate R2A plates
using WSS (4 mL) and a sterile disposable inoculating loop.
The resulting cell suspensions were vortexed and frozen
(−20◦C). DNA was extracted from aliquots of each thawed
cell suspension (1.8 mL) using the MoBio Microbial DNA
extraction kit (MoBio Labs, Carlsbad, Calif, USA). The
variable V3 region of the 16S rRNA gene from the domain
Eubacteria was amplified using the PRBA338F primer with
PRUN518R primer as previously described [28]. Composite
PCR products (∼150 ng) were loaded into a polyacrylamide
gel (8%) with a 40% (16.8 g urea; 16 mL formamide/100 mL)
to 60% (25.2 g urea; 24 mL formamide/100 mL) denaturing
gradient and electrophoresed for 14–16 hours at 50 V and
60◦C using the DCode Universal Mutation Detection System
(BioRad). The gel was visualized by silver staining according
to the protocol of Caetano-Anolles and Gresshoff [36]. The
developed gel was scanned using Hewlett Packard ScanJet
7400c (Hewlett-Packard Co., Palo Alto, Calif, USA) at a
resolution of 600 dpi and saved in uncompressed TIFF
format for further analysis.

In pasture soils, temporal changes in CD DGGE fin-
gerprints were determined following application of manure
pats to pasture soil treatment plots. Prior to application of
manure (day 0), five replicate soil samples were collected
from high- and low-fertility plots and the culturable bacterial
communities characterized as the manure pats decomposed.
Additional samples were collected on days 21, 40, and 63.

2.6. Data Analysis. Differences between MBC organic farm
(OF) and pastures (PAS) soils were tested using an analysis
of variance (ANOVA) in a 2 × 3 factorial design (factor A:
high and low input (OF) or high-and low-fertility (PAS);
factor B: time-crop combination (OF) or time-manure
amendment combination (PAS)). PMN in organic farm soils
was compared using a 2 × 2 Factorial (Factor A: high-and
low-input; Factor B: time-crop combination). For pasture
soils, the same factorial design used for MBC was used for
PMN. Tukey’s HSD test was used for post-ANOVA pairwise
comparisons.

Total well color development (TWCD) for BIOLOG
ECO plates was calculated as the sum of absorbance values
determined after 63 hours of incubation. Average well color
development (AWCD) was calculated from the mean for
those 31 absorbance values. Substrate diversity (H) was
calculated as H = −∑ pi ln(pi), where pi is the proportion
of total microbial activity on a particular carbon source.
Substrate richness (S) was calculated from the total number
of wells with absorbance values greater than 0.25. Substrate

evenness (E) was calculated as E = H/ ln(S). Data were
normalized by dividing each substrate absorbance value by
the AWCD [34]. Robust principal component analysis (PCA)
was done on a covariance matrix of normalized data using
alpha = 0.

DGGE gels were analyzed using Quantity One gel
analysis software (BioRad, Hercules, Calif, USA). Analysis of
the bands was done by setting background subtraction at 15
using a rolling disk method and generating intensity profiles
to evaluate and compare peak size, shape, and location.
Bands were picked manually for a limit of intensity greater
than 0.05. Similarity matrices were calculated with Sorensen’s
index based on the presence/absence of peaks. Analysis
of similarity (ANOSIM) was used to determine significant
differences between DGGE banding profiles. In ANOSIM,
an R value greater than 0 indicates that objects (DGGE
profiles) are more dissimilar between groups than within
groups, and a P value indicates the level of significance [37].
Enhanced nonmetric multidimensional scaling (NMDS) was
used to ordinate DGGE data [37, 38]. The ability of NMDS
to provide a good representation of similarity data in two-
dimensional space was evaluated based on Kruskal’s stress
values. Stress values <0.15 indicate that the ordination plots
presented were useful representations of the CD DGGE data
[37].

Multiple and simple correlations analysis was used to
assess associations between principal components, NMDS
axis scores, MBC, and PMN data. Microbial biomass carbon
and PMN were chosen as correlates because they are consid-
ered to be broad indicators of soil quality, are relatively easy
to measure and interpret, and are linked soil functions such
as nutrient cycling, decomposition of organic amendments,
physical stabilization of aggregates, soil productivity, and N
supplying potential [39].

Analysis of variance (ANOVA) and correlation analyses
were performed using SAS (SAS Institute Inc., Cary, NC).
Principle component analysis (PCA), ANOSIM and NMDS
were performed using the R package Vegan [40].

3. Results

3.1. Microbial Biomass Carbon and Potentially Mineralizable
Nitrogen. In the present study, levels of MBC were found
to be ten times higher in pasture soils compared with the
organic farm (Table 1). In both systems, amendment with
manure or compost at different times resulted in significant
differences in MBC. Microbial biomass carbon levels in
organic farm soils were significantly affected by input (F =
17.57, P < 0.001) and the time-crop combination (F =
7.51, P < 0.004) with no interactions. The MBC in high-
input plots (June) varied significantly for all treatments
except high-input plots planted with legumes (August)
(Table 1). In pastures, MBC was significantly affected by
manure amendment and time (F = 17.78, P < 0.001),
but not fertilizer amendment (F = 1.20, P < 0.287). The
interaction was not significant (F = 2.58, P < 0.103).
MBC was significantly higher in September than in May,
and the greatest amount of MBC was found in plots that
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Table 1: Microbial biomass carbon (MBC) and potentially mineralizable nitrogen (PMN) in organic farm (OF) and pasture (P) soilsa.

ID Symbolb System Fertility regime Crop/amendment Sampling date MBC (mg C/kg) PMN(mg N /kg)

C1 � OF High Inputc Tomatoes/peppers June 369 ± 48a ND

NC1 ♦ OF Low Inputd Tomatoes/pepper June 207 ± 36b ND

C2 � OF High Input Tomatoes/peppers Aug 199 ± 13b 24 ± 6a

CL2 � OF High Input Legumes Aug 282 ± 29ab 31 ± 4a

NC2 ♦ OF Low Input Tomatoes/peppers Aug 156 ± 13b 18 ± 4a

NCL2 � OF Low Input Legumes Aug 195 ± 12b 19 ± 2a

H1 � P High fertilitye None May 1659 ± 133c 110 ± 18abc

L1 � P Low fertilityf None May 1931 ± 79bc 121 ± 11ab

H2 � P High fertility None Sept 1915 ± 126bc 59 ± 8c

HM2 • P High fertility Manure Sept 2666 ± 126a 125 ± 10ab

L2 � P Low fertilityc None Sept 2214 ± 79abc 85 ± 11bc

LM2 ◦ P Low fertility Manure Sept 2443 ± 196ab 142 ± 13a

Average
organic
farm

235 ± 77 23 ± 6

Average
pasture

2138 ± 374 107 ± 30

a
Mean values n = 4 (± SEM) followed by the same letter are not significantly different (P < 0.05) as determined by Tukey’s studentized range (HSD) test.

bSymbols used in figures throughout paper.
cHigh input = 10–20 tons dry weight/acre of composted dairy manure + green manure (rye + vetch) applied and tilled into soil 7–10 days prior to planting.
dLow input = green manure (rye + vetch) tilled into soil 7–10 days prior to planting.
eHigh fertility = inorganic fertilizer, P, 134 kg/ha and K, 390 kg/ha.
f Low fertility = inorganic fertilizer, P, 67 kg/ha and K, 195 kg/ha.

had been amended with manure (Table 1). Clear statistical
differences between inorganic fertilizer applications were not
demonstrated; however, lower levels of MBC generally were
observed in low- compared with high-fertility plots, both in
May and September.

Pasture soils on average contained four times more PMN
than organic farm soils (Table 1). In organic farm soils,
a significant difference in PMN was found due to input
(F = 4.87, P < 0.048), but neither time-crop combination
(F = 0.99, P < 0.339) nor the interaction of these two factors
was significant (F = 0.757, P < 0.402). When individual
means were compared, no differences were found in PMN
between different organic farm soils (Table 1). In pastures,
both fertilizer input (F = 4.93, P < 0.040) and time-
manure amendment (F = 7.43, P < 0.004) were found to
have a significant effect on PMN without any interaction
(F = 0.203, P < 0.979). Potentially mineralizable nitrogen
was significantly higher in the plots with manure compared
to fertilizer input (Table 1).

3.2. Community Level Physiological Profiling. Shannon diver-
sity indices ranged between 3.26–3.35 and 3.27–3.29; rich-
ness values ranged between 28–30 and 28–29; evenness
between 0.975–0.982, and 0.975–0.977 for the organic farm
and pasture soils, respectively. There were no significant
differences (P > 0.05) in functional diversity indices based
on soil type or agronomic treatment.

Ordination of the CLPP data using principal component
analysis clearly distinguished low-input organic farm soils
from other soils. We first performed PCA on all 31 substrates
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Figure 1: Ordination biplots of principal components (PC1 and
PC2) from CLPP analysis of organic farm and pasture soils sub-
jected to varying fertility regimes and crop rotations from August
and September. Symbol designations are as described in Table 1.

to identify the most strongly loaded, noncollinear substrates.
Ten of these substrates were then used for a subsequent
PCA [41]. These substrates were L-arginine, D-cellobiose,
cyclodextrin, i-erythritol, 2-hydroybenzoic acid, D-lactose,
L-phenylalanine, phenylethylamine, L-threonine, and D-
xylose. Ordination of these data is presented in Figure 1
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where the distinct cluster formed by low-input organic farm
soils can be visualized. In this analysis, 75% of the variance
was accounted for by the first three principal components.
The first principal component was most strongly correlated
with the utilization of L-phenylalanine (−0.94), D-lactose
(−0.68), and L-threonine (−0.61). Principal component 2
was most strongly correlated with 2-hydroxybenzoic acid
(0.87), and principal component 3 was most strongly cor-
related with phenylethylamine (0.95) and L-arginine (0.69).

3.3. Culture-Dependent Denaturing Gradient Gel Elec-
trophoresis. CD DGGE profiles of 16S rDNA showed clear
differences between culturable bacterial communities in
organic farm and pasture soils (Figure 2(a)). Culturable bac-
terial communities in the two soil types were highly distinct
(ANOSIMS; R = 1.00, P < 0.023). Ordination of the
data using NMDS demonstrated that legume cropping (OF)
and fertilizer (PAS) had more impact on the structure of
culturable soil bacterial communities than organic matter
amendments (compost or manure) (Figure 2(b)).

At each sampling time, PCR products from three repli-
cate plots per treatment were combined to create a composite
profile. Significant differences were found between the high-
and low-fertility plots on day 0 (ANOSIMS; R = 0.36,
P < 0.018). Nonmetric multidimensional scaling analysis of
these data is presented in Figure 3(a). There were significant
differences in bacterial communities over time (ANOSIMS;
R = 0.36, P < 0.013), but no significant differences were
observed due to treatment (R = −0.162, P < 0.835).
Ordination of the data also revealed distinct clustering based
on sampling time (Figure 3(b)).

In June and August, soils collected from three replicate
plots per treatment at the organic farm were used for
CD DGGE analysis. There were no significant differences
in CD DGGE profiles from different treatments in June
(ANOSIMS; R = 0.44, P < 0.087); however, significant
differences were observed in August (R = 0.454, P < 0.006).
Bacterial communities from tomato and pepper plots (high
and low fertility) collected in both June and August clustered
together (Figure 4(a)). In contrast, the communities from
soils that had been planted with legumes clustered separately
from those from soils planted with tomatoes and peppers and
from each other (Figure 4(b)). Kruskal’s stress values for all
analyses were <0.15.

3.4. Correlations between MBC, PMN, CLPP, and CD DGGE.
Multiple correlation analysis was used to explore potential
relationships between the principal component scores from
the PCA analysis of CLPP data (Figure 1) and other measured
variables. Significant correlations were observed between the
CLPP principal components, MBC (R = 0.71, P < 0.001)
and PMN (R = 0.47, P < 0.007). When organic farm
and pasture sample were analyzed separately, the correlations
improved (R > 0.85, P < 0.001) for MBC and PMN
from both systems. Multiple correlations between the CLPP
principal components (Figure 1) and the axis scores from
NMDS of CD DGGE data from the organic farm samples in

August 2004 (Figure 4(b)) also were highly significant (di-
mension 1: R = 0.99, P < 0.001; dimension 2: R = 0.98, P <
0.001). Multiple correlation analysis was not performed on
pasture data because samples for CD DGGE and CLPP were
collected on different sampling dates. Simple correlations
were performed for both agronomic systems using axis scores
from NMDS of CD DGGE data and the MBC and PMN
data. In both soil systems, significant correlations were found
between the DGGE axis scores and MBC (Figure 5) but not
between DGGE axis scores and PMN (data not shown).

4. Discussion

Ideal soil quality indicators are those that reflect ecosystem
processes and integrate physical, chemical, and biological
properties of soil. They are also sensitive to environmental
disturbances and are practical and economical for a wide-
variety of users [42]. Microbial community structure is of
potential use as an indicator of soil quality [3]; however,
the linkage to ecosystem processes and soil status is not
always evident in ways that can be easily integrated into
predictive models [43]. Exploring the composition of micro-
bial communities in soil often depends on computation and
inspection of derived parameters from multivariate models
and the construction of ordination plots. This approach
often does not provide easily interpretable indices for the
quantification and comparison of soil microbial diversity.
Therefore, we attempted to correlate derived parameters
from multivariate analyses with more straightforward mea-
sures of soil change and determined if profiles of culturable
soil bacterial communities provide information about short-
term changes in soil quality that are not characterized using
conventional microbial soil quality indicators.

The organic farm and the perennial pasture represent
contrasting research plots that have received regular soil
amendments and plant management over the past decade.
Long-term changes in soil properties suggest an overall
improvement in the soil quality at both sites [30, 31, 44];
however, short-term effects of specific agronomic treatments
have been more difficult to resolve. In this study, we explored
the responsiveness of culturable soil bacterial communities
to soil management and their potential relationship to more
commonly employed measures of soil perturbation (MBC,
PMN, and CLPP). Culturable bacteria were sensitive and
early indicators of change in metal-contaminated environ-
ments [27, 45].

We tested the hypothesis that fast-growing culturable
bacterial communities, as reflected by CD DGGE profiles,
are sensitive to short-term changes in dynamic agronomic
systems and that these responses can be linked to other
microbial measures of soil status. Obvious differences were
observed between CD DGGE fingerprints of 16S rRNA genes
from the two soil types. However, CD DGGE profiles were
not uniformly sensitive to within-site treatment differences.
Rather, we found that CD DGGE measured differences in
soils that were amended with inorganic fertilizers and/or
cropped with legumes, while MBC, PMN, and CLPP were
more responsive to additions of manure and compost
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Figure 2: (a) DGGE gel of pooled PCR-amplified 16S rRNA genes from culture-dependent bacterial communities of organic farm and
pasture from August to September 2004 and (b) ordination plots of dimensions 1 and 2 from NMDS analysis of CD DGGE data. Stress of
the plot = 0.000053. Symbol designations are as described in Table 1.
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Figure 3: Ordination plots of DGGE data from pasture soils in (a) May and (b) May–September. Stress of the plot = (a) 0.15 and (b) 0.15.
Symbol designations are as described in Table 1.

to soils. It is quite possible that the fertilizer effect we
observed in pasture soils also involved a legume effect. For
the past decade, experimental pastures at Reedsville, WVa,
have been subjected to equal grazing pressure and animal
waste deposition but have received two different levels of
phosphorus, potassium, and lime amendments [44]. The
higher phosphorous treatment has been shown to favor
the persistence of pasture legumes, such as red and white
clover, in these soils [46]. Girvan et al. [17] hypothesized
that soil type and legume cropping were the overriding
factors controlling the structure of bacterial communities in

agricultural soils. Additional studies support the observation
that legumes and nitrogen availability can influence bacter-
ial community [47, 48]. Conventional fertilization with in-
organic phosphates also has been shown to increase the
diversity and activity of free-living nitrogen-fixing bacteria
compared with organic amendments [49].

We found positive correlations between CLPP principal
component scores and MBC and NMDS axis scores and
MBC in both systems. Previous studies also have iden-
tified correlations between the structure and function of
culturable microbial communities and physicochemical and
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Figure 4: Ordination plots DGGE data from organic farm market garden soils in (a) June and (b) August. Stress of the plot = (a) 0.013 and
(b) 0.13. Symbol designations are as described in Table 1.

vegetative parameters [45], CLPP data, gross N flux, and soil
respiration [50–52] and organic matter content, pH, and
sodium [53]. Although correlation does not imply causation,
correlative relationships suggest that these variables respond
in a similar manner to environmental disturbances [50]
and provide the foundation to explore potential mecha-
nisms that may link structure and function. For example,
CLPP employs microbial growth on potentially important
carbon substrates, and we observed significant correlations
between the CD DGGE and CLPP. Exploration of the
CLPP data using PCA analysis suggested that bacteria
using aromatic substrates such as L-phenylalanine and 2-
hydroxybenzoic may represent useful physiological groups
to further explore using CD DGGE. Langenheder et al. [54]
have suggested that bacterial community structure may be
related to narrow functions such as degradation of semilabile
carbon compounds rather than to broad functions such as
respiration and biomass production. If this is accurate, then
characterizing culturable bacterial communities with specific
physiological capabilities or narrow niche preferences may
improve our ability to distinguish between soils that have
been impacted by anthropogenic perturbations. Recently,
Ritz [55] has argued that culturable communities have no
utility in contemporary microbial ecology and cannot be
related to soil fertility. Our results do not support this
conclusion. Rather, we agree with Nichols [56] that microbial
cultivation is a re-emerging frontier that can provide infor-
mation not directly observable from culture-independent
and sequencing efforts alone. Although bacterial growth on
different types of solid media is inherently selective, the
ability to partition complex soil bacterial communities into
definable physiological subsets using a variety of isolation
media and incubation conditions should be viewed as a
potential strength of the CD DGGE technique, since selected
physiological groups may be most sensitive and responsive
to environmental change. It is insufficient to merely catalog

genes to understand how environmental factors govern
shifts in community structure. Natural selection acts on
phenotype, and physiological characteristics are often linked
to more than one gene and are regulated by multiple
external factors. Classifying microorganisms into meaningful
functional groups and characterizing the physiological and
ecological redundancies within these groups potentially can
make community data more manageable and relevant [43].

5. Conclusions

The organic farm and pasture represent systems with
contrasting soil types, land use, and fertility regimes. In
this study, we used MBC, PMN, CLPP, and CD DGGE of
the 16S rRNA gene to compare microbial communities as a
function of agronomic amendments. There were significant
correlations between MBC and PMN and variables derived
from analysis of the functional and genetic diversity of soil
communities; however, each measurement technique exhib-
ited a different response to the fertility amendments. Overall,
MBC, PMN, and CLPP were most responsive to additions
of manure and compost to soils; however, only CD DGGE
revealed clear differences in soils that were amended with
inorganic fertilizers and/or cropped with legumes. Therefore,
different measures of microbial community structure do
not provide redundant information in soil quality analysis,
and culturable bacterial communities can provide useful
indicators of select agronomic perturbations.

The minority status of culturable bacteria does not
preclude the possibility that these communities are useful
to advance our understanding of how microbial commu-
nities are linked to environmental processes. Culture-based
techniques such CD DGGE and CLPP have the potential
to provide critical insight into the mechanisms that link
structural and functional diversity, to explore ways to assess
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Figure 5: Scatter plots, trendlines, and Pearson correlation coefficients between MBC and dimensions 1 and 2 from NMDS analysis of
CD DDGE profiles from organic farm in August (a, b) and pasture days 0, 21, 40, and 63 between May and September (c, d). Significant
correlations are indicated by ∗∗P < 0.01 and ∗P < 0.05.

physiological and ecological redundancies within functional
groups, and to advance our understanding of how microbial
diversity contributes to soil quality.
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The funicular cover of the Opuntia tomentosa seed limits imbibition; germination occurs only when the funicle is weakened or the
funicular valve is removed. We investigated the role of fungi in funicular weakening and seed germination. Seeds that had been
either buried in one of two sites or stored in the laboratory were germinated with and without a valve. Disinfected or nondisinfected
seeds and their naked embryos were cultivated on agar or PDA. None of the 11 identified fungal genera grew on the disinfected
control seeds or the embryos. The mycoflora present on disinfected and nondisinfected exhumed seeds suggest that the fungal
colonization occurred in the soil and differed between the burial sites. Exhumed seeds with and without a valve germinated in high
percentages, whereas only the control seeds without a valve germinated. Scanning electron micrographs showed that the hyphae
penetrated, cracked, and eroded the funicular envelope of exhumed seeds.

1. Introduction

The genus Opuntia has 181 species and numerous vari-
eties [1]. In the subfamily Opuntioideae, a hard funicular
envelope completely encloses the seed [2–4]. A study of the
seed hardness of 400 Opuntia varieties growing in San Luis
Potosi, Mexico, showed that pressures from 171 to 456 kgf
were required to break these hard seeds [5]. In species such
as Opuntia tomentosa [6–9] the hardness of the funiculus
limits water uptake and thus germination of the immature
embryo. To achieve germination, the funiculus of Opuntia
tomentosa can be weakened in three ways: a valve may form
naturally during burial [9], the funiculus may be cracked
through exposure to high daytime temperatures [9], or the
funiculus may be eroded or cracked by microorganisms [8].
The valve is a region located in the funicular flanks, close
to the micropyle; this is the site where the radicle protrudes
naturally. This valve may be artificially removed to enhance
germination.

Many studies relate the presence of microorganisms with
deleterious effects on seeds [10]. However, the seed coat’s

tannins or other growth-inhibiting substances may serve as a
barrier against the penetration of the seed by these. Addition-
ally, the seed coat, formed by testa and tegmen, protects the
seed’s embryo from dehydration caused by temperature and
humidity fluctuations [11, 12]. Therefore, most of the fungi
observed to grow on intact, healthy seeds are saprophytic [13,
14] and even elicit seed germination, as in the impermeable
and hard seeds of Albizia julibrissin and the achenes of
Rosa corymbifera [15, 16]. It has been reported that in
O. streptacantha fungi affect the germination in a species-
specific manner; beacause the fungi weaken the testa [17, 18].
Nonetheless, germination in O. streptacantha is probably
favored by the effects of fungi on the hard funiculus rather
than on the testa.

To clarify how fungi enhance the germination of Opuntia
seeds, we examined the effects of the presence of fungi on
seeds and embryos via the following methods: (1) seeds
stored in the laboratory and seeds that had previously been
buried in the soil for five months were germinated in two
ways, with and without the valve; (2) micrographs of both
groups of seeds were used to identify any damage of the
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Figure 1: Daily soil temperature (mean ± S.D.; n = 3) in (◦) open
sites (deprived of vegetation in the dry season) and (•) closed
sites (beneath the canopy of perennial vegetation) in the Reserva
Ecológica del Pedregal de San Ángel, Mexico.

funicular envelope by fungi during the seeds’ residence in
the soil; (3) the exhumed and laboratory-stored seeds and
their isolated embryos were also placed in culture medium to
promote the development of the fungi, which were isolated
and subsequently identified.

2. Materials and Methods

2.1. Species and Study Site. Opuntia tomentosa S.D. (Cac-
taceae, subfamily Opuntioideae) is a perennial arborescent
wild plant native to the arid zones of the Central Mexican
Plateau [18]. In the southern region of the Mexico basin,
this species grows in the volcanic zone known as Reserva
Ecológica del Pedregal de San Ángel (REPSA, 19◦19′N,
99◦11′W). This species is characteristic of the xerophilous
shrubland growing on shallow soils [19, 20]. The rainfall
in this area is markedly seasonal, and the daily temperature
fluctuation at the site is considerable because of the site’s
elevation (2250 m a.s.l) [7]. The seeds were collected from
mature fruits at the site in December 2006. The soft funicles
were manually separated from the seeds by washing them
with tap water. The seeds were air-dried in darkness and
stored at room temperature at 21 ± 1.78◦C and 38.7 ± 6.3%
relative humidity, inside glass containers.

2.2. Seed Burial. Portions of the seed lot were placed in
six nylon net bags (25 × 25 cm) with 20 g per bag. Three
bags were buried 5 cm deep in the soil for six months at
two sites in the REPSA: a closed site and an open site.
The closed site was located beneath the canopy of perennial
vegetation (shrubs and trees); the open site was located in
an area deprived of vegetation during the dry season; in
the rainy season, this site is covered by grasses and annual
Dicotyledoneae. The seeds remained in the soil five months
from the time of collection (dry season) to the beginning
of the following rainy season (from December 2006 to May
2007). After exhumation, the seeds were taken from the

bag and dried in a dark room (23–25◦C, 20–50% relative
humidity) for a week and then stored in glass containers.
During the burial period, the soil temperatures at a depth
of 5–7 cm were recorded with a HOBO (model H01-001-
01, Onset Computer Corporation, Pocasset, MA, USA); these
results are shown in Figure 1.

2.3. Seed Germination. Laboratory-stored and exhumed
seeds were treated with a 0.2% fungicide solution, Captan
50 ([cis-N-[(trichloromethyl)thio]-4-cyclohexene-1,2-dicar-
boximide], AGM, Mexico). After exhumation, the valve was
removed from some of these seeds using a needle. Three
replicates of 30 seeds each of laboratory-stored and exhumed
seeds, with or without a valve, were sown on Petri dishes
containing 1% agar water. The plates were placed inside
growth chambers (Lab-Line Instruments, Inc., 844, Il, USA)
at 25◦C or at 25/35◦C (18/6 h) under white fluorescent
light (cool-white lamps, F20T12/CW, Sylvania, 20W), with a
12 h day−1 photoperiod. The radicle emergence was recorded
every other day.

2.4. Scanning Electron Microscope Studies. The seeds were ob-
served at the following different ages: (a) immediately after
collection, (b) after 2 years of laboratory dry storage, (c) after
5 months of burial, and (d) after 19 months of laboratory
dry storage after exhumation (24 months old). Before ob-
servation, the seeds were washed with tap water, air-dried,
and fixed in FAA solution (formaldehyde 10%, ethanol 50%,
acetic acid 5%, and distilled water 35%) [21]. The seeds
were subsequently dehydrated in an ethanol-graduated series
and dried with liquid CO2 in a critical-point dryer (Balt-
Tec CPD 030). The samples were mounted on aluminum
stubs using a carbon double tape and coated with gold with
a sputter coater (Desk II, Denton Vacuum Inc., Moorestown,
NJ, USA). Observations were made with a scanning electron
microscope (JSM-35, Electron Optics Div., Medford, MA,
USA).

2.5. Isolation and Identification of Fungi from the Seeds. A fra-
ction of the laboratory-stored seeds and exhumed seeds were
surface-sterilized by immersion in a sodium hypochlorite
solution (2%) for five minutes and subsequently sown on
Petri dishes containing a culture medium of either potato-
dextrose agar (PDA, 4%, Bioxon, Mexico) or water agar (2%)
(WA, DIFCO, USA). The second fraction of these seeds was
not disinfected, but it was washed with sterilized distilled
water. If present, the fungi associated with the seed coat
of nondisinfected and disinfected seeds and the fungi as-
sociated only with the embryos of the disinfected seeds
were isolated and cultured from both laboratory-stored and
exhumed seeds (from both burial sites). The embryos were
extracted with a sterile needle after the seeds had been cut
transversely with a sterilized scalpel. All of these procedures
were performed under aseptic conditions inside a laminar
flow cabinet (LABCONCO, Kansas City, MO, USA). In all
experimental cases, three replications with 25 seeds each were
used.

The seeds and embryos were incubated on Petri dishes
containing PDA or water agar (2%). The dishes were
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Figure 2: Effect of burial, temperature and valve removal on cumulative germination percentages of Opuntia tomentosa seeds (mean ± S.D.;
n = 3). (•) Seeds with a valve, (◦) seeds without a valve. Letters in the figure indicate statistical comparisons.

incubated in an oven (Felisa, Mexico) at 25–27◦C for 15 d.
The plates were observed every other day. The presence or
absence of fungi was determined. In some cases, the fungi
found in the culture medium were isolated on PDA plates
to obtain pure cultures and subcultivated twice. For the
identification fungi were stained with Cotton blue stain
and mounted on permanent slides with Elmer’s White Glue
(polyvinyl alcohol). The macromorphology of the fungi was
observed with a stereoscopic microscope (Carl Zeiss Stemi
DV4). The micromorphology was observed with an optical
microscope (Olympus CX21; Olympus, Tokyo, Japan) with
40x and 100x objectives.

2.6. Statistical Analyses. Cumulative germination percent-
ages were arcsine transformed and fitted to the sigmoid
function y = (exp(−a/x) × b/(1 + c) × (exp(d × (e −
x)))) (Susana Orozco, personal communication) using Table
Curve 2D, v. 3 software (AISN Software, Chicago, IL, USA).

When the variances were homogeneous, the maximum
germination and lag time (the time between sowing and
the initiation of the germination) were compared using a
three way ANOVA. LSD tests were used to perform multiple
comparisons. If the data did not satisfy the requirements
of normality and homoscedasticity, comparisons were made
using the Kruskal-Wallis test [22]. Visual comparisons were
made with box-and-whiskers plots (P ≤ .05) using Stat-
Graphics v. 5.0 (Statistical Graphics Corporation, Englewood
Cliffs, New Jersey, USA).

3. Results

3.1. Seed Germination. Burial and valve removal sig-
nificantly increased the seed germination percentages
(F(2,35) = 14.50, P = .0001; F(1,35) = 75.48, P =
.0001, resp.), with a significant interaction among the
burial treatment, valve removal, and temperature variables
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Figure 3: Micrographs of Opuntia tomentosa seeds recently taken from the fruit and washed with water: (a) whole seed; (b) fibers of the
funicular seed cover; (c) funicular cell walls in a transversal cut; (d) druses in the funicular seed cover and the remains of the soft funicle.
Cw: cell walls; D: druses, Ff: funicular flanks, Fg: funicular girdle, HMR: hilum-micropylar region, L: lumen.
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Figure 4: Micrographs of Opuntia tomentosa seeds after two years of laboratory storage: (a) whole seed showing the funicular girdle separated
from the remaining funicular seed cover; (b) cracks in the hilum-micropylar region; (c) degradation of the surface layers (cuticle) of the
funicular flanks. Ff: funicular flanks, Fg: funicular girdle, HMR: hilum-micropylar region, Vb: vascular bundles.

(F(2,35) = 8.17, P = .002). Independent of germination
temperature, the laboratory-stored seeds lacking a valve
germinated at higher percentages than the seeds with a
valve (Figure 2). At 25◦C and without the valve, the seeds
stored in the laboratory showed high germination percent-
ages similar to those of the buried seeds. At alternating
temperatures, the seeds stored in the laboratory and the
seeds that germinated without a valve had lower germination

percentages than they did at 25◦C. These germination
percentages were similar to those of the buried seeds with
a valve that were germinated at alternating temperatures.
The seeds buried at the open site and germinated at
25◦C had similar germination percentages, either with or
without a valve. The laboratory-stored seeds with a valve
showed the lowest germination percentages at both temper-
atures.
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Figure 5: Micrographs of Opuntia tomentosa seeds exhumed after 5 mo of burial: (a) whole seed showing a slight separation of the funicular
girdle; (b) deep degradation in the hilum-micropiliar zone and in the surface layers of a seed buried at the open site; (c) deep degradation in
the hilum-micropiliar zone and in the surface layers of a seed buried at the closed site. Ff: funicular flanks, Fg: funicular girdle, HMR: hilum-
micropylar region.
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Figure 6: Micrographs of Opuntia tomentosa seeds exhumed after 5 months of burial and laboratory storage for 2 years. (a) Deep degradation
of the funicular flanks in seeds buried at the open site, (b) cracks in the hilum-micropylar region, (c) degraded and eroded funicular envelope
exposing the vascular bundles. C: cracks, Ff: funicular flanks, Fg: funicular girdle, HMR: hilum-micropylar region, Vb: vascular bundles.

Temperature alone did not affect the lag time (F(1,35) =
.49, P = .490). Burial and valve removal significantly reduced
the lag time (F(2,35) = 31.43, P = .001; F(1,35) = 51,
P = .0001, resp.). There were also significant interactions
between the three factors (F(2,35) = 5.08, P = .014)
(Figure 2). The longest lag times were observed in the
laboratory-stored seeds sown with a valve. These lag times
were significantly higher at alternating temperatures than at
a constant temperature. The valve treatments did not have a
significant effect on the lag times of the buried seeds.

3.2. Scanning Electron Microscope Studies. Storage and burial
produced changes in the funicular envelope of O. tomentosa
seeds. Figure 3(a) shows the seeds taken directly from
the fruit. The funicular surface contains lignin fibers
(Figure 3(b)). The thick cell walls of the fibers may be
observed in the transverse section (Figure 3(c)). When the
funicular girdle began to separate from the remaining
funicular envelope, druses were also observed beneath the
surface (Figure 3(d)). A substantial separation of the funic-
ular girdle was observed in seeds stored for two years in the
laboratory (Figure 4(a)). Some fractures and the exposure of
the vascular bundles were observed in the hilum-micropylar
zone (Figure 4(b)). No fractures were found in the funicular

flanks; however, there was a slight degradation of the cuticle
(Figure 4(c)). A slight separation of the funicular girdle
occurred in the seeds buried at the open site (Figure 5(a)).
A deep degradation was observed in the funicular flanks of
the seeds buried at the open and closed sites (Figures 5(b)
and 5(c), resp.); the degradation was present mainly in the
hilum-micropylar region.

The separation of the funicular girdle was also observed
in seeds buried for five months in the open and closed
sites (micrographs not shown). The funicular flanks of
the seeds buried at both sites showed a deep degradation.
Cracks and a wide, deep degradation of the cuticle were
observed in the funicular flanks of the seeds buried at
the open site (Figure 6(a)) and in the hilum-micropylar
region of the seeds buried at the closed site (Figure 6(b)).
In the exhumed seeds from both sites, the degradation
of the funiculus exposed and eroded the vascular bundles
(Figure 6(c)). A high density of filamentous structures
covering the surface of the funiculus was observed in the
seeds buried for five months. The tubular structures with
homogeneous form were considered to be hyphae (Figures
7(a) and 7(b)). Other accompanying structures had the
appearance of conidiophores and spores (Figures 7(c) and
7(d)).
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Figure 7: Micrographs of microorganisms on the funicular cover of Opuntia tomentosa seeds exhumed after 5 months of burial: (a)
hyphae on the funicular envelope; (b) massive growth of mycelia on the funicular envelope; (c) hyphae and conidiophores, (d) spores.
C: conidiophores, Fg: funicular girdle, H: hyphae.

3.3. Isolation and Identification of Fungi from the Seeds. After
10 days of incubation, 3 species of Penicillium were found on
the nondisinfected, laboratory-stored seeds. In the embryos
of disinfected seeds and in the disinfected seeds that were
laboratory-stored, no organisms were found in either culture
medium. The seeds that were buried at the open site and sub-
sequently disinfected revealed the presence of the following
4 genera of fungi: Basidiobolus, Gelasinospora, Phoma, and
Trichoderma. The nondisinfected seeds buried at the open
site showed the presence of Circinella sp., Phoma porum,
and Rhizopus stolonifer. The disinfected seeds buried at the
closed site showed the presence of Fusarium sp., Nigrospora
sp., and Rhizopus stolonifer. The nondisinfected seeds buried
at the closed site showed the presence of only 1 fungal genus,
Aureobasidium sp.

4. Discussion

The laboratory-stored seeds of O. tomentosa did not ger-
minate and temperature fluctuation did not improve the
germination percentage even if the valve was removed; one
exception was observed in the seeds buried in the open
site (Figure 2). The valve can be removed easily from seeds
that have been buried. However, manual valve removal was
required to achieve the highest germination percentages in

the exhumed seeds. Additional structural changes in the
funicular envelope during dry storage were observed in the
micrographs of exhumed seeds after two years of laboratory
storage, which may explain the high germination percentages
reported by Olvera-Carrillo et al. [8] in stored exhumed
seeds.

In the soil seed bank, valve formation, the weakening of
the funiculus, and the loss of dormancy should involve sev-
eral steps and the action of several soil factors, as suggests the
field germination reported by Olvera-Carrillo et al. [7]. The
photomicrographs revealed a profuse growth of mycelia on
the funicular envelope of the exhumed seeds (Figure 7(b)),
indicating the presence of an initial successional step by the
soil fungi that are able to utilize readily available sugars
[23]. Fungi such as Aureobasidium, Basidiobolus, Circinella,
and Rhizopus may acquire nutrients from the remains of the
enriched tissue, where seeds are imbibed into the fruit [9].

It has been proposed that fungal development is a re-
quirement for the seed germination of O. leucotricha and
O. streptacantha [17, 18]. In this study, 11 genera of fungi
were found growing on the seeds of O. tomentosa. Four gen-
era and/or species even grew on exhumed, disinfected seeds.
This growth probably occurred because the spores or hyphae
were protected by the deep layers of the thick funiculus and
germinated when the populations of the superficial fungal
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genera (Aureobasidium, Circinella sp., Phoma pomorum, and
Rhizopus stolonifer) were depleted by the sodium hypochlo-
rite solution. Among the five species growing on exhumed,
nondisinfected seeds, only Phoma porum was shared with the
fungi growing on disinfected seeds.

Rhizopus stolonifer, Gelasinospora, Basidiobolus, Nigro-
spora sp., Fusarium sp., and Trichoderma also grew on ex-
humed, disinfected seeds. Different degrees of cellulolytic
activity have been demonstrated in filamentous-Ascomycota
[24, 25]. These fungi are characteristic of a second succes-
sional step during fungal colonization [23], and they may
play an important role in the weakening of the funicular
cover. For example, Rhizopus sp. increases seed germination
of Thelocactus hexahedrophorus [26]. In contrast, no fungi
grew in the disinfected, laboratory stored seeds. Alternaria
and Penicillium spp. were only present in the nondisinfected
seeds, suggesting that these fungy were acquired during the
process of handling before laboratory storage.

Differences in the mycoflora found on the laboratory-
stored and exhumed seeds suggest that fungal colonization
of O. tomentosa seeds occurs mainly in the soil. Nevertheless,
no fungal growth was found in any of the embryos isolated
from seeds. This result could indicate that fungi weaken the
funicular envelope but do not injure the Opuntia seed coat,
supporting the role that the seed coat plays in protecting the
embryo. In O. tomentosa, the seed coat (the testa and the
tegmen) is located beneath the hard funicular envelope; this
coat contains a large level of tannins (phenolic compounds)
[9], which plays a protective role in the seeds of many species,
especially for seeds that possess hard seed covers [12, 27]. The
presence of the seed coat extends Opuntia seed viability in the
laboratory and in the soil.

The erosion of the funicular surface by fungal activity on
the funicular cover of O. tomentosa seeds is evident in the
micrographs obtained in this research. The observed damage
to the funicular surface resembles the forms of damage
produced by Fusarium, Pythium and Rhizoctonia in the seeds
of Albizia julibrissin [15]. However, the germination percent-
ages in this species were relatively low compared with those
found for O. tomentosa in the current study.

In the REPSA, O. tomentosa seeds are dispersed by zoo-
chory in the dry season (winter). In this season, both the
heterogeneous volcanic substrate and the heterogeneous
plant cover offer a wide number of microenvironments that
may either favor or inhibit the colonization of the seeds by
fungi. However, the germination percentages of the seeds
buried in the open sites and in the closed sites did not differ
significantly in this study or in the work by Olvera-Carrillo et
al. [7, 8]. In this study we found differences in the mycoflora
present in the disinfected and nondisinfected seeds exhumed
from both burial sites. Together, these findings suggest that
the funicular envelope is weakened by a combination of soil
factors, such as moisture and temperature fluctuations (see
Figure 1). For example, Gelasinospora is resistant to high
temperatures while Penicillium is not [28]. The variety of
germination responses in buried seeds with and without
a valve, the slow velocity of lignin decomposition, and
the limited number of lignin-decomposing fungi species in
the soil [23] may partially explain why germination of the

physiologically dormant O. tomentosa embryos is extended in
the field for at least two years [8].
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cional Autónoma de México, DF, México, 1978.
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[27] J. W. Dalling, A. S. Davis, B. J. Schutte, and A. E. Arnold, “Seed
survival in soil: interacting effects of predation, dormancy and
the soil microbial community,” Journal of Ecology, vol. 99, no.
1, pp. 89–95, 2011.

[28] P. Widden and D. Parkinson, “The effects of a forest fire on
soil microfungi,” Soil Biology and Biochemistry, vol. 7, no. 2,
pp. 125–138, 1975.



Hindawi Publishing Corporation
Applied and Environmental Soil Science
Volume 2011, Article ID 561975, 11 pages
doi:10.1155/2011/561975

Review Article

The Importance of Endospore-Forming Bacteria Originating
from Soil for Contamination of Industrial Food Processing

Marc Heyndrickx

Technology and Food Science Unit, Institute for Agricultural and Fisheries Research (ILVO),
Brusselsesteenweg 370, 9090 Melle, Belgium

Correspondence should be addressed to Marc Heyndrickx, marc.heyndrickx@ilvo.vlaanderen.be

Received 28 February 2011; Accepted 5 July 2011

Academic Editor: Ismail Saadoun

Copyright © 2011 Marc Heyndrickx. This is an open access article distributed under the Creative Commons Attribution License,
which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.

Specific endospore formers have become important contaminants in industrial food processing. The direct or indirect soil route of
contamination or dispersal is the start of events or processes in the agrofood chain that eventually leads to important problems or
concerns for food safety and/or quality. Three important food sectors are discussed in this paper. In the dairy sector, Bacillus cereus,
the most important pathogen or spoilage organism in this sector, and Clostridium tyrobutyricum, the most important spoiler in
certain cheeses, both contaminate pasteurized milk through the faecal and/or (at least for B. cereus) the direct soil route. In the
fruit juice industry, Alicyclobacillus acidoterrestris, present on raw fruits, has become a major quality-target organism. In the ready-
to-eat food sector, B. cereus and other aerobic endospore formers are introduced via vegetables, fruits, or herbs and spices, while
anaerobic spore formers like nonproteolytic Clostridium botulinum and Clostridium estertheticum pose safety and spoilage risks in
chilled packaged foods, respectively.

1. Introduction

There is a clear association between soil-borne endospore
forming bacteria and food contamination. The spore
formers implicated belong both to the strictly anaerobic
(“the clostridia”) and to the aerobic (the genus Bacillus and
related genera) phylogenetic groups of microorganisms.
Several reasons can be proposed to explain this phenomenon,
and most are related to some general characteristics of the
spores, which are formed at the end of the growth phase
within the vegetative mother cell acting as sporangium
(hence, endospores) and released in the environment
as survival structures (Figure 1). These are (1) their
ubiquitous presence in soil, (2) their resistance to heat in
common industrial processes such as pasteurization, (3) the
adhesive characters of particular spores that facilitate their
attachment to processing equipment, and (4) their ability
to germinate and grow in favorable conditions [1]. Several
spore formers either need or tolerate specific conditions
for germination and growth, which all can occur in food
even in combination, such as low or high temperatures
and anaerobic or acidophilic conditions. The concerted

characteristics of spores and vegetative cells of particular
soil-borne species make them potential sole surviving and
growing contaminants in specific industrially processed
foods. Some of them seem even to be of more recent
concern, which might be the result of increasing tolerance,
adaptation, or resistance of spores or vegetative cells of
particular spore-forming species to conditions or treatments
that were previously presumed either to stop growth
(low temperatures and low pH) or to inactivate all living
material (ultrahigh heat treatment (UHT) and commercial
sterilization). The food industry seems to be increasingly
confronted with tolerant or resistant spore formers that
might be side effects of the use of new ingredients, the
application of new processing and packaging technologies,
and the highly increased production and marketing of
convenience foods. In the last two decades, there has been a
significant increase in the production and sale of ready-to-eat
or ready-to-cook foods stored under refrigerated conditions
[2]. These products are known as cooked-chilled foods
or as refrigerated processed foods of extended durability
(REPFEDs), such as vegetable purées and ready-to-eat meals.
They are typically processed with a gentle heat treatment
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Figure 1: Electron micrograph of a B. cereus spore, 146.000x. c,
spore core; cx, spore cortex; sc, spore coat; pcw, primordial cell wall.
Adapted from Scheldeman et al. [3].

(65–95◦C, enabling survival of spores) and are chill-stored
with (frequently) modified-atmosphere packaging for an
extended durability (from a few days up to 3 months),
whilst preserving the product attributes such as organoleptic
quality and safety. REPFED food items, as well as dairy
products (milk and desserts) with a shorter shelf life (<10
days), are specific niches for psychrotolerant spore-forming
bacteria. Spore formers cause two kinds of problems in the
food industry. In the first place, there are some food-borne
pathogens such as Bacillus cereus and Clostridium botulinum.
Secondly, there is the reduction of shelf life and food
spoilage. Microbial spoilage of food is usually indicated by
changes in texture or the development of off-flavours.

In this paper, recent data revealing the role of soil as
primary contamination source for spore formers in food
(B. cereus, Alicyclobacillus acidoterrestris, Clostridium tyrobu-
tyricum) or extending our knowledge on specific soil-borne
spore formers in food (several Clostridium spp. such as C.
estertheticum) are discussed.

2. Bacillus cereus

2.1. Presence in Soil. B. cereus sensu stricto (hereafter called
B. cereus for simplicity) is a member of the B. cereus group or
also called B. cereus sensu lato (Table 1), which can be divided
into seven major phylogenetic groups each corresponding to
a specific “thermotype”, showing clear differences in ability to
grow at low or high temperatures [4]. B. cereus is a ubiquitous
organism present in many types of soil, sediments, dust, and
plants. Soil is heavily contaminated with B. cereus spores
which can occur in a range from 4 up to 6 log spores
per gram farm soil (Table 2). It has long been believed
that this organism has a saprophytic life cycle in soil with
the presence of spores that only germinate and grow upon
contact with soil-associated organic matter (i.e., nutrient-
rich conditions). However, in laboratory experiments with
liquid soil extract and artificial soil microcosms, it was
observed that B. cereus (as well as other soil-isolated Bacillus
species) displayed a complete life cycle (germination, growth,
and sporulation) and adapted to translocate in soil by
switching from a single-cell phenotype to a multicellular one
with the formation of filaments and clumps that encased the

Table 1: Phylogenetic structure of the B. cereus group and
characteristics based on data from Guinebretière et al. [4].

Phylogenetic
group

Association to
a currently valid
species

Growth
temperature
range in ◦C
(% of strains
growing at
lowest
temperaturea)

Association
to cases of
food
poisoning
(% of
strainsb)

I B. pseudomycoides 10–40 (75%) No (0%)

II
B. cereus IIc and B.
thuringiensis II

7–40 (73%) Yes (21%)

III

B. cereus III (emetic
strains), B.
thuringiensis III, B.
anthracis

15–45 (100%) Yes (33%)

IV
B. cereus IV and B.
thuringiensis IV

10–45 (100%) Yes (22%)

V
B. cereus V and B.
thuringiensis V

8–40 (14%) Yes (12%)

VI
B.
weihenstephanensis
and B. mycoides

5–37 (40%) No (0%)

VII “B. cytotoxicus”d 20–50 (100%) Yes (50%)
a
percentage of strains in the study of Guinebretière et al. [4] which

could grow at lowest temperature of indicated temperature range for each
phylogenetic group; bpercentage of strains for each phylogenetic group in
the study of Guinebretière et al. [4] which could be associated to food
poisoning foods; cproposal of Guinebretière et al. [4] to add phylogenetic
number (I to VII) to the species name; dnot yet validated species.

ensuing spores in an extracellular matrix [5]. In addition
to a full life cycle in soil, B. cereus is also adapted to a
lifestyle in the animal (e.g., soil animals such as earthworms
[6]) or human gut, where it can behave as a pathogen or
as a part of the intestinal microbiota, as well as to growth
in food and feed. Bacillus thuringiensis, being an insect
pathogen of the B. cereus group, is likewise a ubiquitous
soil microorganism, but it is also found on the phylloplane
and in insects. Presumably, B. thuringiensis proliferates in
the guts of insects and is then released into soil where
it can subsequently proliferate under favorable nutrient
conditions [7]. Less is known on the ecology of the other
members of the B. cereus group (the psychrotolerant species:
Bacillus mycoides and Bacillus weihenstephanensis and the
mesophilic species: Bacillus pseudomycoides), except that they
have been isolated from a wide variety of environmental
niches such as soils, sludge, arthropods, earthworms, and
rhizospheres [7]. It has been speculated that climate change
may modify the spreading of B. cereus hosts (wildlife,
insects, earthworms) [8]. Alternatively, B. cereus with its wide
adaptive strategy to changing environments through signal
transduction mechanisms likely will adapt to environmental
(climate) changes for example, climate change could modify
the distribution of the phylogenetic groups of B. cereus in
soil. This adaptation might contribute at the end of the chain
to a progressive change in prevalence or concentration in
foods.



Applied and Environmental Soil Science 3
T

a
bl

e
2:

R
ec

en
td

at
a

on
pr

es
en

ce
of

B
.c

er
eu

s,
C

.t
yr

ob
ut

yr
ic

um
,o

r
bu

ty
ri

c
ac

id
sp

or
es

,C
.b

ot
ul

in
um

,C
.p

er
fr

in
ge

ns
,C

.e
st

er
th

et
ic

um
,o

r
C

.g
as

ig
en

es
in

so
il,

ag
ri

cu
lt

u
ra

ls
am

pl
es

,o
r

ra
w

m
ilk

.

M
ai

n
sa

m
pl

e
ca

te
go

ry

Sp
ec

ifi
c

m
ic

ro
or

ga
n

is
m

(s
)

(i
fi

n
di

ca
te

d)

Sa
m

pl
e

ty
pe

N
u

m
be

r
of

sa
m

pl
es

To
ta

la
er

ob
ic

or
an

ae
ro

bi
c

Sp
ec

ifi
c

sp
or

e
pr

ev
al

en
ce

an
d

co
u

n
t

R
ef

er
en

ce
(i

ff
u

rt
h

er
in

di
ca

te
d)

sp
or

e
co

u
n

t
(l

og
cf

u
/g

or
m

L)
(l

og
cf

u
/g

or
m

L
,u

n
le

ss
ot

h
er

w
is

e
in

di
ca

te
d)

A
ve

ra
ge

a
or

m
ed

ia
n

c
R

an
ge

b
P

re
va

le
n

ce
(%

)
A

ve
ra

ge
a

or
m

ed
ia

n
c

R
an

ge
b

So
il

B
.c

er
eu

s
Fa

rm
so

il
38

i –1
4h

4.
9a,

i –5
.0

a,
h

4.
1i –6

.0
i

[9
]

B
u

ty
ri

c
ac

id
sp

or
es

Fa
rm

so
il

59
j

4.
2a,

j
3.

2–
4.

9j
[1

0]

C
.b

ot
ul

in
um

A
pi

ar
y

so
il

23
5

31
2.

0/
kg

a
1.

7–
3.

0/
kg

[1
1]

B
ot

u
lin

u
m

-t
ox

in
-

V
ir

gi
n

so
ilk

66
1

16
.3

[1
2]

pr
od

u
ci

n
g

cl
os

tr
id

ia
N

on
vi

rg
in

so
ill

13
48

27
.0

C
.p

er
fr

in
ge

ns
So

il
va

ri
ou

s
so

u
rc

es
50

2
75

.1
0–

3.
5

[1
3]

C
.e

st
er

th
et

ic
um

So
il

ar
ou

n
d

ab
at

to
ir

2.
1m

–1
4.

6n
[1

4]

C
.g

as
ig

en
es

So
il

ar
ou

n
d

ab
at

to
ir

10
.4

m
,n

A
n

ae
ro

bi
c

sp
or

es
Fa

rm
so

il
4.

0c
2.

0–
5.

2
[1

5]

Fe
ed

B
.c

er
eu

s
Si

la
ge

66
g
–1

9h
2.

2a,
g
–2

.8
a,

k
<

1.
0g

–3
.7

h
[9

]

B
u

ty
ri

c
ac

id
sp

or
es

M
ix

ed
si

la
ge

12
2j

4.
2a,

j
<

1.
5j –6

.0
j

[1
0]

A
n

ae
ro

bi
c

sp
or

es
G

ra
ss

si
la

ge
<

2.
0c

<
2.

0–
6.

89
d

[1
5]

A
n

ae
ro

bi
c

sp
or

es
M

ai
ze

si
la

ge
4.

45
c

<
2.

0–
4.

69
[1

5]

C
ow

s’
fa

ec
es

A
er

ob
ic

sp
or

es
4.

7b,
e –6

.2
b,

f
[1

6]

B
.c

er
eu

s
66

g
–1

4h
2.

0a,
g
–2

.5
a,

h
1.

0g
–3

.8
h

[9
]

B
u

ty
ri

c
ac

id
sp

or
es

14
1j

4.
7a,

j
<

1.
5j –7

.0
j

[1
0]

B
ed

di
n

g

B
.c

er
eu

s
U

se
d

be
dd

in
g

66
g
–3

8i
2.

7a,
g
–3

.1
a,

i
1.

0g
–4

.0
i

[9
]

B
.c

er
eu

s
U

se
d

de
ep

-s
tr

aw
be

dd
in

g
4

6.
4a

[1
7]

B
.c

er
eu

s
U

se
d

sa
n

d
be

dd
in

g
2

2.
3a

[1
7]

B
.c

er
eu

s
U

se
d

sa
w

du
st

be
dd

in
g

4
4.

3a
[1

7]

B
.c

er
eu

s
U

se
d

st
ra

w
be

dd
in

g
4

3.
9a

[1
7]

B
u

ty
ri

c
ac

id
sp

or
es

B
ed

di
n

g
m

at
er

ia
l

11
3j

4.
5a,

j
<

1.
5j –6

.0
j

[1
0]

R
aw

m
ilk

A
er

ob
ic

sp
or

es
R

aw
bu

lk
ta

n
k

m
ilk

18
3.

74
a

[1
8]

B
.c

er
eu

s
66

g
–3

8i
1.

0a,
g
–1

.5
a,

i /l
it

re
<

1.
0g

–2
.9

i /l
it

re
[9

]

B
u

ty
ri

c
ac

id
sp

or
es

Fa
rm

ta
n

k
m

ilk
14

2j
2.

7a,
j /l

it
re

<
1.

5j –4
.2

j /l
it

re
[1

0]
a
av

er
ag

e
co

n
ce

n
tr

at
io

n
as

in
di

ca
te

d
in

ta
bl

e;
b
m

in
im

u
m

an
d

m
ax

im
u

m
va

lu
e;

c m
ed

ia
n

co
n

ce
n

tr
at

io
n

as
in

di
ca

te
d

in
ta

bl
e;

d
ex

tr
em

e
va

lu
e;

e pr
io

r
to

fe
ed

lo
tt

in
g;

f at
da

y
76

of
fe

ed
lo

tt
in

g;
g
sa

m
pl

es
an

al
ys

ed
fo

r
B

.
ce

re
us

co
u

n
tf

or
co

w
s

h
ou

se
d

in
ba

rn
al

ld
ay

in
h

ou
si

n
g

pe
ri

od
(N

ov
em

be
r–

A
pr

il)
;h

sa
m

pl
es

an
al

ys
ed

fo
r

B
.c

er
eu

s
co

u
n

tf
or

co
w

s
at

pa
st

u
re

24
h

pe
r

da
y

du
ri

n
g

gr
az

in
g

pe
ri

od
(M

ay
to

O
ct

ob
er

);
i sa

m
pl

es
an

al
ys

ed
fo

r
B

.c
er

eu
s

co
u

n
t

fo
r

co
w

s
at

pa
st

u
re

du
ri

n
g

da
yt

im
e

du
ri

n
g

gr
az

in
g

pe
ri

od
(M

ay
to

O
ct

ob
er

);
j sa

m
pl

es
co

lle
ct

ed
be

tw
ee

n
Ja

n
u

ar
y

an
d

D
ec

em
be

r
on

24
fa

rm
s;

k
so

ils
n

ot
ch

an
ge

d
by

p
eo

pl
e;

l so
ils

ch
an

ge
d

by
pe

op
le

(c
u

lt
iv

at
ed

,u
rb

an
iz

ed
,i

n
du

st
ri

al
iz

ed
);

m
cu

lt
u

re
ba

se
d

de
te

ct
io

n
;n

D
N

A
ba

se
d

de
te

ct
io

n
.



4 Applied and Environmental Soil Science

2.2. Transfer from Soil to Food. Soil, together with air, is
probably the primary source of food contamination. Being
a soil resident, B. cereus is part of the microbiota of plant
raw materials, attached as vegetative cells or spores. At
harvest, this plant raw material can be used for direct human
consumption as fresh produce, as ingredients for food or
feed production, or directly as animal feed. Dairy cows con-
suming such feed will excrete B. cereus spores in the faeces,
and these spores will contaminate the raw milk causing
potential safety or shelf-life problems (see Section 2.3). B.
cereus is the causative agent of two distinct types of food
poisoning, the emetic and diarrhoeal syndrome (reviewed
by Arnesen et al. [19]). On the other hand, as B. cereus is
not dominant in the microbiota of plant raw materials, fresh
produce for direct human consumption (fresh vegetables and
fruits, fresh herbs and spices, fresh potatoes) has not been
reported in association with outbreaks or cases of food-borne
illness caused by this organism [20]. Nevertheless, recent
investigations in Denmark have shown that B. thuringiensis
strains, in some cases indistinguishable from the commercial
strains used in microbial bioinsecticides, were present on
fresh vegetables (e.g., fresh cucumbers and tomatoes) in
Danish retail shops to levels that may exceed 104 cfu g−1 [21].
Since these strains harboured genes encoding enterotoxins,
increased concern regarding the residual amount of B.
thuringiensis insecticide on vegetable products after harvest
may be imminent. Despite these observations, problems of B.
cereus food poisoning and/or spoilage are mainly restricted
to pasteurized or dried products manufactured in food
processing units. A combination of the specific attributes of
the spores and of the resulting vegetative cells give B. cereus
a huge advantage not only over nonspore formers, but also
over other spore formers, and they explain why this organism
is a special threat to the food processing industry. Firstly, like
all bacterial spores, B. cereus spores are resistant to heat and
desiccation and they will thus survive food-processing steps,
such as pasteurization or thermization and dehydration or
drying, that all eliminate or reduce vegetative cells. de Vries
[22] reported decimal reduction times at a heating tempera-
ture of 95◦C (D95-values) varying from around 5 to as high as
80 minutes for spores of naturally occurring B. cereus strains.
As a result, a final product may be contaminated with spores
that face little or no competition from vegetative species that
would otherwise outgrow B. cereus.

A second aspect is that B. cereus spores, which are
introduced into the food production chain via plant
ingredients or via milk or milk powder, can efficiently
adhere to equipment surfaces and pipelines because of the
hydrophobic character of the exosporium and the presence
of appendages on the spore surface (Figure 1). According
to Wijman et al. [23], a B. cereus biofilm may particularly
develop in a partly filled industrial storage or a piping
system, and such a biofilm acts as a nidus for formation of
spores that can subsequently be dispersed by release into
the food production system. Spores embedded in biofilms
are protected against disinfectants [24]. A third aspect is
the use of extended refrigeration in food production and
distribution, as well as in the kitchen, to increase the shelf
life of processed foods. An important feature of B. cereus

strains, especially diarrhoeal and food-environment strains
(but, however, virtually none of the emetic strains), is
psychrotolerance; that is to say, growing at temperatures
≤7◦C [25]. Moreover, it is important to note that the
majority of B. cereus strains are able to start growing from
10◦C, which represents mild temperature abuse conditions.

Due to its ubiquitous presence in soil and on plant
material which is used for a variety of purposes and
in food processing environments, as well as its special
characteristics described above, the presence of B. cereus (and
other species of the B. cereus group) seems to be inevitable
in many types of foods and ingredients. These include
raw foods such as fresh vegetables and fruits, including
sprouted seeds, raw herbs, and raw milk, ingredients such as
pasteurized liquid egg and milk powder, flour, dried spices
and herbs, and all kinds of processed foods such as rice,
pasta, cereals, dried potato products, meat products, sauces,
dehydrated soups, salads, cut and prepacked vegetables and
prepacked sprouts, dehydrated mushrooms, chilled ready-
to-eat and ready-to-cook meals, Chinese meals, vegetable
and potato purées, pasteurized milk and dairy products,
bakery products, desserts and custards, powdered infant
formulae, and chocolate [19, 26]. The level of B. cereus in
raw foods and in processed foods before storage is usually
very low (<100 spores/g or mL) and poses no direct health
or spoilage concern. However, upon storage of processed
foods or the use of contaminated ingredients in complex
foods, conditions may allow germination and outgrowth of
spores to levels that present hazards for consumers. Some
countries have specific microbiological criteria or guidelines
for this food-borne pathogen; these are generally in the range
of >104–105 cfu/g. Outbreaks of B. cereus food-borne illness
have been associated with a diversity of foods such as take-
away meals and lunch boxes, oriental meals, cold dishes,
minced meats, pita, merguez (North African sausage),
chicken, sprouts, meals with rice, boiled and fried rice,
pasta salad, pastry, spaghetti, noodles, spices, sauces, soups,
stew, quiche, puddings and cream pastries, pasteurized milk
and milk products, mashed potatoes and potato salad with
mayonnaise, vegetable purée, salad, fish, orange juice, and
onion powder ([19, 26]; K. Dierick, pers. comm.).

2.3. From Soil to the Milk Chain. In the last decades, the im-
portance of the psychrotolerant aerobic endospore formers
for the keeping quality of milk has increased significantly,
owing to extended refrigerated storage of raw milk before
processing on the farm, higher pasteurization temperatures,
reduction of postpasteurization contamination, and
prolonged shelf-life requirements of the consumer product.
It should be remembered that pasteurization activates spore
germination and thus enhances vegetative cell growth.
Growth of B. cereus in pasteurised milk is considered
the main limiting factor determining the shelf life of this
food product. Too high levels of B. cereus in pasteurized
milk before the end of shelf life or prolonged refrigerated
storage cause common structural defects known as sweet
curdling and bitty cream (reviewed by Heyndrickx et al.
[27]). B. cereus diarrhoeal cases or outbreaks associated
with milk or dairy products are scarce, although B. cereus is
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Figure 2: Contamination routes of spores of B. cereus (black
arrows) and C. tyrobutyricum (grey arrows) in the dairy production
chain. The importance of contamination sources and routes is
indicated by the size of arrow.

commonly isolated from pasteurized milk. This may be due
to the fact that in the cold dairy chain, selection occurs for
psychrotolerant members of the B. cereus group, which are
mostly strains of B. weihenstephanensis. It has been shown
that these strains are less toxigenic than mesophilic B. cereus
strains and are thus less likely to cause illness [28]. Emetic
food poisoning related to the consumption of dairy products
has been reported (see references in [28]). Although the
overall prevalence of emetic strains in the dairy production
chain is very low (<1%), colonization and proliferation
of emetic B. cereus was observed at particular farms with
saw dust bedding as a likely contamination source for the
raw milk, and in a silo tank at a dairy plant [28]. As the
general level of spores of emetic-toxin-producing strains
in milk is low (<1000 cfu/litre), there is no risk associated
with consumer milk provided that the milk is properly
refrigerated. If contaminated milk is used for milk powder, a
risk to the consumer exists if this milk powder is used in baby
food or as raw ingredient in foodstuffs, where proliferation
of B. cereus may occur, and there have been reports of emetic
food poisoning episodes where contaminated milk powder
was a likely source (see references in [28]).

From the above, it is not surprising that B. cereus is
a major concern of the dairy industry, because it seems
impossible to avoid its presence in milk completely. In the
Netherlands, a maximum B. cereus spore limit in farm tank
milk of 3 log spores/litre has been deemed necessary to
achieve a shelf life for pasteurized milk of at least 7 days [9].
During recent decades, several possible contamination routes
for B. cereus in pasteurized milk have been described, with
either raw milk or postpasteurization contamination of the
pasteurized milk being the source (Figure 2). As for the raw
milk route of contamination, only in recent years evidence
has been obtained using sensitive detection methods, as B.
cereus levels in raw milk are usually very low (e.g., average
of 1.2 log spores/litre ([9]; see Table 2), and by molecular
typing. Raw milk in the farm tank is contaminated with B.
cereus spores via the exterior of the cow’s teats and through
improperly cleaned milking equipment. Contamination of
the exterior of the teats occurs when they are contaminated
with dirt; during the grazing season of the cows, this dirt
is mainly soil, while during the housing season the attached

dirt is mainly faeces and bedding material. During milking,
this dirt is rinsed off and spores present in the dirt can
contaminate the raw milk. As a result, soil, feed (through
excretion of spores in faeces), and bedding material are the
major sources of contamination of raw milk with B. cereus,
but the relative contribution of these sources will be different
according to the housing conditions of the cows (i.e.,
outdoor grazing versus indoor housing in stables) (Figure 2).
Additional evidence that soil is the initial contamination
source in the grazing season (called “a pasturing effect”) was
provided in a comparative study of raw milks from organic
dairy farms (with obligatory grazing during the summer and
autumn) and conventional farms (with less grazing during
summer and autumn); higher incidences of B. cereus were
found in milks from organic farms [29]. Soil on farms is very
frequently contaminated with B. cereus (65–100%) and can
contain up to 106 B. cereus spores/g, but high variations (up
to 3 log) can occur between sampling sites or times (Table 2).

Another important source of contamination of raw
milk with B. cereus spores, identified by different studies,
is cows’ faeces or dung. Highly variable levels of B. cereus
spores (from below the detection limit up to 105 cfu/g) can
be present in different samples of faeces, but the average
concentration seems to be around 2 log cfu/g (Table 2). It is
assumed that Bacillus spp. are not commensals of the cow’s
gastrointestinal tract but are introduced via the feed and
subsequently shed in the faeces [16]. Thus B. cereus spores
present in faeces probably originate from feed and from
soil, either directly (during grazing on the pasture when
soil is also taken up by the cows) or indirectly (through
the green crops used as feed or feed ingredients). Using
molecular typing, silage has been shown to be a significant
source of contamination of raw milk with spores, including
those of B. cereus that may occur in levels up to 104 cfu/g
(Table 2). The spores in silage principally arise from soil
and farmyard manure. In maize silage, lower concentrations
of total spores of aerobes than in grass silage (10–103 cfu/g
versus 102105 cfu/g) were found, which can be explained by
the fact that grass silage is more contaminated with soil or
faeces than maize silage [30]. Grass samples taken close to
soil or faeces contained levels of 101–103 B. cereus spores/g,
while this was <10 spores/g for grass without soil. Nowadays,
ensiled grass and maize form the major part of the feed
ration of cattle in Europe and North America during the
whole milking year. It is important to prevent outgrowth of
spores in silage by application of special cultures of lactic acid
bacteria or chemical additives to improve aerobic stability
of the silage [9]; however, these measures are not always
used on the farm. In the housing period of the cows, feed is
the only source of spores, and teats become contaminated
mainly through the bedding material that is contaminated
with faeces (Table 2). It was found that a spore content of the
bedding material exceeding 104 spores/g increased the risk
for elevated spore concentrations in the bulk tank milk [17].

However, using a predictive modeling approach, it was
found that soil was far more important than feed (and hence
bedding material) as source of B. cereus spores in farm tank
milk: when soil was the source of B. cereus spores, 33% of
simulated spore concentrations in farm tank milk in the
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Netherlands were above the maximum spore limit of 3 log
cfu/litre, while this was only 2% when feeds (through faeces
and bedding) were the sources of spores [31]. According to
the model, during the housing period, the concentration of
spores of B. cereus in raw milk is almost always less than
the maximum spore limit. During the grazing period, a 99%
reduction of the average concentration of B. cereus spores
in raw milk might be achieved by minimization of contam-
ination of teats with soil and optimization of teat cleaning
efficiency at all farms in the Netherlands. Another control
option would be to house cows on damp and rainy days
during summer, when the concentration of B. cereus spores
in soil is higher [32]. During such a housing period, care
would have to be taken that the initial spore concentration
in feeds is <3 log cfu/g and that the pH of the ration offered
to the cows is below 5. Vissers et al. [9] pointed to the fact
that under certain circumstances, especially wet conditions,
transmission of substantial amounts of soil (>1 mg/litre
milk) can occur, leading to spore levels in milk exceeding
the maximum spore limit in the Netherlands. Hence, for the
dairy industry, control of the soil contamination pathway is
most important.

2.4. Transfer from Soil to Vegetables, Fruit, and Ready-to-
Eat Meals. Contamination of vegetables and fruit frequently
occurs either directly through soil or indirectly through
agricultural practices such as irrigation with polluted water
or fertilization with manure or sewage sludge. Also, wild
and domestic animals can contaminate crops or irrigation
water, and farm workers and other human handlers further
on in the food chain have important roles in the micro-
biological safety of produce given the possibility of cross-
contamination. Fresh crops (with the exception of sprouted
seeds (reviewed by Bassett and McClure [20]) have not yet
been reported as sources of B. cereus food-borne outbreaks
and incidents. On the other hand, prepared salads, with a
variety of other ingredients besides vegetables and/or fruit,
and which are sold in ready-to-use or ready-to-eat formats
and rely upon refrigeration for preservation, have been
increasingly associated with B. cereus or Bacillus spp. food
poisoning in recent years. In England and Wales in the period
1992–2006, 4% of the outbreaks associated with prepared
salads were caused by Bacillus spp. [33]. Besides prepared
salads, cooked-chilled foods, also known as REPFEDs, are
increasingly popular. To this category of foods belong the
vegetable purées, which are prepared by steam cooking of
washed vegetables (10–50 min. at 80–100◦C), mixed with
other ingredients (UHT-cream, milk proteins, starch, salt)
and pasteurization in their packaging (10 min. at 80–90◦C).
Although these products are relatively stable up to 21 days
when stored at 4◦C, the processing conditions will not
completely eliminate the spore formers that can develop
during cold storage. Vegetable purées were already the source
of a severe fatal B. cereus outbreak in a French nursing home
for elderly persons, and this episode led to the discovery of a
new B. cereus diarrhoeal toxin, cytotoxin K [34]. In cooked,
pasteurized, and chilled vegetable purées (broccoli, carrot,
courgette, leek, potato, split pea), aerobic endospore formers
are the dominant microbiota (albeit at low numbers of ≤2

log cfu/g before storage) and an increase in their numbers
(up to 7-8 log cfu/g) depends on the storage temperature and
the type of vegetable [35]. Courgette purée (also called zuc-
chini purée) consistently supported the most rapid microbial
growth at low temperature and was the product most prone
to spoilage (pack swelling and/or off-odours). By means of
molecular typing, it could be established that the outgrowth
at 10 or 7◦C is of psychrotolerant strains that originated in
the zucchini, while the strains from the dehydrated texturing
agents (milk proteins and starch) were mesophilic strains
that were genetically different from the zucchini strains
and which probably contributed less to the growth at 10◦C
[36]. Furthermore, it was found that the initial source of
contamination for the zucchini, with psychrotolerant B.
cereus, was soil. These data indicate that processing and
storage of vegetables lead to selection of B. cereus strains and
that this is enabled by the fact that soil as the initial source
of contamination is a reservoir of a large diversity of strains.
The importance of this genetic diversity was illustrated by
a quantitative exposure assessment that took into account
the heterogeneous population of B. cereus in courgette purée
[37]. The model predicted that at the time of consumption,
B. cereus may be present in all purée packages, but that not
all B. cereus genetic groups (I to VII as described in Table 1)
were present in all packages. The highest food poisoning
risk in REPFED foods was predicted to be associated with
members of the psychrotolerant B. cereus group II because of
their predicted prevalence (16.8% of the B. cereus population
per package) and concentrations at the time of consumption
(2.5% of the packages contaminated with >6.7 log cfu/g).
Although some strains implicated in B. cereus food poisoning
belong to psychrotolerant genetic group II, it must be noted
that most strains related to cases or outbreaks belong to
mesophilic genetic groups III and IV. This may explain why
most reported cases have been associated with incidents of
storage temperature abuse.

3. Alicyclobacillus acidoterrestris

3.1. Spoilage of Fruit Juices by Alicyclobacilli. In the 1990s,
observations of episodic spoilage of fruit juice and similar
products by A. acidoterrestris have started in Europe, the
USA, and Japan [38]. Until then, it was believed that the
high acidity of fruit juices (pH < 4), combined with pasteur-
ization in the fruit beverage industry (hot-fill and hold for
2 min. at 88–96◦C), was sufficient to render these products
commercially sterile without the use of preservatives. More
recently, new species were isolated: A. acidiphilus, which is
closely related to A. acidoterrestris, and A. pomorum from
spoiled juice products, and A. herbarius from spoiled herbal
tea [39–41].

A. acidoterrestris survives the hot-fill and hold processes
because of the heat resistance of the spores (D-values of
65.6 min at 85◦C and 11.9 min at 91◦C in orange juice [42]),
which germinate following heat shock, and the organism
starts to grow in the product up to a level of 105–106

cfu/ml because of its unique physiological characteristics
(growth from pH 2.5–6.0 with optima around pH 3.5–5.0
and from 20–60◦C with optima at 42–53◦C). Storage of
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pasteurized fruit juices below 20◦C would be sufficient to
prevent outgrowth of spores, but these juices are usually
distributed under ambient conditions.

Spoilage (long before the expiration date) is sometimes
associated with a slight increase in turbidity and white
sediment at the bottom of packages, but the most important
fault is taint of strong medicinal or antiseptic flavour
caused mainly by the production of guaiacol, but also by
2, 6-dibromophenol and 2, 6-dichlorophenol [43]. Affected
products are pasteurized fruit juices (mainly apple and
orange) and fruit juice blends, but there have also been
reports of spoiled carbonated fruit drinks, berry juice con-
taining iced tea, and diced canned tomatoes [44]. Although
spoilage is incidental, requiring a combination of adequate
conditions such as available oxygen (determined by the head
space in the package or container), nutrient availability,
taint precursors, and high temperature for a long time,
all fruit juice manufacturers have started quality assurance
programs to monitor and control levels of Alicyclobacillus
species in raw materials and fruit concentrates. Between
14.7% and 83% of fruit juices, fruit concentrates, or fruit
juice products have been found positive for Alicyclobacillus
[44]. Recently, A. acidoterrestris has also been isolated from
(nonspoiled) exotic fruit juices such as passion fruit juice
(incidence rate of 28%, n = 57), but not from pineapple
juice [45]. As passion fruit grows close to the soil and has a
rough surface, this contamination emphasizes the need for
improving the efficiency of fruit washing and disinfection
and the application of good agricultural practices, avoiding
the harvesting of fruit that has fallen on the ground.

3.2. Presence of Alicyclobacilli in Soil. As A. acidoterrestris is
mainly soil borne, unwashed or insufficiently washed raw
fruit, which is contaminated on the surface with soil, and
poor hygiene measures in fruit juice concentrate production
are the most likely contamination sources. More than one-
third of all fruits sampled at two juice-processing facilities
were contaminated with presumptive Alicyclobacillus species
[46]. A. acidoterrestris has also been isolated from process
water plant [47], and Alicyclobacillus strains have been found
in liquid sugar [48].

Recently, several Alicyclobacillus species have been iso-
lated from orchard soils: A. acidoterrestris and A. acidocal-
darius from orchard soil (pH 5.9–6.7) collected from an
apple and pear farm in South Africa [49], A. acidoterrestris
and A. contaminans as major species (besides several other
minor Alicyclobacillus species) from several fruit (banana,
blueberry, chestnut, grape, kiwi, orange, pear, persimmon,
strawberry) orchard soils in Japan [50]. Several of the isolated
species produced guaiacol, but the production levels were
strain dependent, even within A. acidoterrestris. By RAPD
typing, it was shown that identical strains were present in
pear concentrate and soil outside the factory, indicating soil
as the source of the Alicyclobacillus spores [51].

4. Clostridia

4.1. Importance of Soil Dwelling Clostridia. Like the aerobic
spore formers, also the clostridia are abundantly present in

soil (Table 2) and can survive for extended periods of time
in soil by maintaining very low levels of metabolic activity
[52]. Clostridial plate counts on four dairy farms in Canada
ranged from detection limit to 5.2 log cfu per gram soil [15].
Several species have been isolated from soil: for example, 16
species in Korean soil from 5 different areas [53], 54 species
in 117 soil samples (on average 7.1 species per sample) from
different geographic zones in Costa Rica [54]. This indicates
that soil can be a potential reservoir of harmful clostridial
species. Most soil samples (approximately 70%, n = 502)
from city, suburban, or farm origin in the Pittsburgh
area (USA) contained the toxigenic species Clostridium
perfringens in levels ranging from 0 to 103 cfu per gram
soil [13]. Although C. perfringens type A, which is usually
involved in food poisoning, was predominant among the soil
isolates in that study, soil appeared not to be a major reservoir
for isolates causing food poisoning but a potential reservoir
for plasmid-borne cpe enterotoxin positive isolates caus-
ing non-food-borne gastrointestinal diseases. C. perfringens
together with Clostridium sordelli was also the most prevalent
toxigenic species in Costa Rican soil [54] and was detected in
all sampling locations in Korea [55]. For botulinum toxin-
producing clostridia, prevalence ranges from 5.7% to 24.3%
depending on the country of investigation [12]. In that study,
a higher prevalence was observed in nonvirgin soil (i.e.,
cultivated, urbanized, and industrialized soil: 27%) than in
virgin soil (i.e., soil that had not been changed by people:
16.3%) in five geographical regions of Argentina. Also in
soil collected in honey-producing apiaries in Finland, a high
prevalence of C. botulinum (31%, n = 235) was found as was
also the case for beeswax (23%, n = 176) [11]. This indicates
that soil-derived spores of C. botulinum, carried into the
hive by bees, may accumulate in beeswax, but they may also
directly contaminate the honey during the extraction process
because of poor hygiene. Honey is one of the most important
sources of and the only proven food item associated with C.
botulinum spores responsible for infant botulism.

Besides neurotoxigenic species, several Clostridium spe-
cies occurring in soil are important as spoilers of pro-cessed
foods such as the REPFED foods with modified atmosphere
packaging (vacuum or anaerobic atmosphere) and semihard
cheeses.

4.2. Toxigenic and Spoilage Clostridia in Chilled Foods. C.
botulinum is divided into four groups, of which the pro-
teolytic group I (producing type A, B, and F neurotoxins)
and the nonproteolytic group II (producing type B, E, and F
neurotoxins) are causing human botulism. Group II isolates
are psychrotolerant, growing at temperatures as low as 3◦C,
and produce spores which are less heat resistant than those
of group I. This explains the fact that in modern food
processing with mild processing (e.g., heating) conditions
and extended shelf lives based on chilled storage combined
with modified atmosphere or vacuum packaging, especially
C. botulinum group II poses a safety hazard. Under these
conditions, the growth of aerobic bacteria is restricted and
thus shelf life extended, but it can also provide an environ-
ment conducive to the growth of anaerobic bacteria such as
clostridia. It is estimated that more than 1.5 × 1010 chilled
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prepared ready meals have been consumed in Europe in the
last 20 years and that this consumption increases by at least
10% per annum [56]. The use of HACCP for the production
of chilled foods is specified in European hygiene laws, and
a number of guidelines, advice, and recommendations exist
emphasizing the importance of HACCP and chill storage.
The number of botulism cases caused by ready-to-eat food
consumption has increased and has been reported worldwide
during the last 25 years [57]. Although most botulism cases
and C. botulinum spore contaminations are associated with
fish or seafood products, a high prevalence of C. botulinum
type E spores has been found in meat and in potato peels,
the latter reflecting the high spore level in soil. A literature
examination has indicated that, given the fact that nonpro-
teolytic C. botulinum could form toxin in ≤10 days at ≤8◦C
according to predictive models representing worst-case sce-
narios, commercial short shelf-life (<10 days) chilled foods
have not been reported yet as being associated with food-
borne botulism when stored correctly, but both proteolytic
and nonproteolytic C. botulinum have caused outbreaks from
these foods when temperature abuse had occurred [56].
Nevertheless, precise safety margins with respect to food-
borne botulism seem not to be well defined for these food
products, and changes in industrial practice (e.g., extending
shelf life), processes, or ingredients could alter the safety risk.

Several psychrophilic and psychrotolerant species includ-
ing C. algidicarnis, C. algidixylanolyticum, C. estertheticum,
C. frigidicarnis, and C. gasigenes have been implicated in
red meat spoilage (softening of the meat, large amounts of
drip, offensive odour) [58]. Of these species, C. estertheticum
(subspecies estertheticum and laramiense) and C. gasigenes
additionally produce gas and have been recognized as
causative agents of “blown pack” spoilage of vacuum-packed
chilled meats at normal storage temperatures (−1.5 to 2◦C).
These two spoilage clostridial species have been found
frequently in beef slaughterhouses and their environments,
especially at areas prior to hide removal [14]. It is therefore
assumed that hides and feces are the main reservoirs for these
organisms in the slaughterhouse. Previously, it had already
been suggested that soil particles attached to hide or present
in feces are the most probable primary reservoir from which
“blown pack” clostridia are introduced onto carcasses [59].
There is no evidence that these clostridia are present in the
gut of farm animals. Both C. estertheticum and C. gasigenes
have been detected in soil outside an abattoir, strengthening
the soil route hypothesis [60]. Hygienic carcass dressing
will become increasingly important to keep contamination
with “blown pack” spoilage clostridia to a minimum and to
maximize shelf life of vacuum-packed chilled meats as it has
been found in challenge tests that 1 C. estertheticum spore in
a vacuum pack may already present a risk of spoilage before
the estimated end of shelf life [61]. As a first step, it may be
envisaged to entail further control on and/or pretreatment
of dirty animals prior to their entry into the slaughterhouse
combined with sporicidal sanitation of high risk sources of
cross-contamination.

4.3. Clostridium tyrobutyricum in Cheese Making. Spores of
butyric acid bacteria can cause spoilage of semihard cheeses

with long ripening times such as Gouda and Emmenthaler.
Mostly Clostridium tyrobutyricum is implicated in the so-
called late blowing defect of this kind of cheeses. This
organism is able to convert lactic acid into butyric acid
with the concomitant production of CO2 and H2 gas at
relatively low pH. As an anaerobic spore former, it survives
pasteurization and will grow in semihard cheese resulting in
off-flavors and excessive gas formation. Low contamination
levels of spores of butyric acid bacteria in pasteurized milk
(10 spores per liter) can already cause problems. In the
Netherlands, a penalty system (based on monthly analysis
of spore presence in 2 × 0.1 ml of delivered raw milk) is
implemented for the farmers to control the contamination
of farm tank milk with these spores. The Dutch dairy
industry wants to ensure a contamination level of butyric
acid spores below a maximum spore limit (MSL) of 1000
spores per liter raw milk [62]. Butyric acid spores originate
from the farm environment, such as soil, silage, and other
feed and are transferred to the raw milk mainly via the fecal
contamination of cow’s teats as already described for B. cereus
(see Section 2.3; Figure 2). In a modeling study as well as
a year-long survey on 24 Dutch dairy farms, it was found
that the contamination level of silage is the most important
factor for the contamination level of farm tank milk: feeding
silage containing not more than 3 log butyric acid spores
per gram, combined with a basic pretreatment of the teats
before milking, is sufficient to assure the MSL [62, 63].
Hygiene measures aiming at improving the barn hygiene and
decreasing the transmission of spores, originating directly
from soil during milking, and reducing the contamination
level of other feed seemed to contribute only marginally to
an improvement of the control of the contamination of farm
tank milk with butyric acid spores. However, undoubtedly
the primary source of these spores in silage is soil which
contains high levels of butyric acid spores (mean of 4.2 log
spores per gram; Table 2). One of the risk factors associated
with high levels of spores in silage is the initial contamination
of silage with soil via enclosure of soil during harvesting.
Furthermore, high concentrations of butyric acid spores in
(corn) silage seem to be the result of oxygen penetration into
the silage (during the storage period and/or after opening of
the silo), resulting in aerobic instability (e.g. visible moulds)
and formation of anaerobic niches with an increased pH
where locally high concentrations of these spores (>5 log per
gram) can develop [10].

5. Conclusions

In many types of food and feed, soil can be considered as
the initial contamination source for spore formers. Usually,
when direct transfer from soil is involved, levels of these
spore formers in foods, ingredients, or feeds are too low
to cause problems. However, because of the complexity of
the food chain, particular spore-forming species or types
may encounter niches where proliferation occurs. This can
happen on the primary production level (e.g., silage, bedding
material), in the processing line (e.g., storage tanks), during
distribution (e.g., temperature abuse during refrigerated
storage), or in the final product (e.g., complex foods, fruit
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juice). These proliferation steps enable the endospore former
such as B. cereus, A. acidoterrestris, C. tyrobutyricum, non-
proteolytic C. botulinum or C. estertheticum, either to enter
as a contaminant into a next step of the production chain
or to provoke food quality or safety problems in the final
product. For the food industry, it is a challenge to gain insight
into the whole contamination flow of endospore formers
originating from soil as well as in the conditions permitting
their proliferation.
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