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The development of the in vitro selection technique has allowed the isolation of functional nucleic acids, including catalytic
DNA molecules (DNAzymes), from random-sequence pools. The first-ever catalytic DNA obtained by this technique in 1994 is a
DNAzyme that cleaves RNA. Since then, many other RNase-like DNAzymes have been reported from multiple in vitro selection
studies. The discovery of various RNase DNAzymes has in turn stimulated the exploration of these enzymatic species for innovative
applications in many different areas of research, including therapeutics, biosensing, and DNA nanotechnology. One particular
research topic that has received considerable attention for the past decade is the development of RNase DNAzymes into fluorescent
reporters for biosensing applications. This paper provides a concise survey of the most significant achievements within this research
topic.

1. Introduction

A biosensor is an analytical device composed of two key
components: a molecular recognition element (MRE) that
seeks a target of interest for binding and a signal transducer
that works to translate the target-MRE interaction into a
detectable signal. Proteins, particularly antibodies, receptors,
and enzymes, have been the traditional choice of MREs
in the design of biosensors for many decades. However,
nucleic acids that possess a defined function, such as ligand
binding and/or catalysis, have emerged as very attractive
MREs over the past 20 years [1–3]. These “functional
nucleic acids (FNAs)” include DNA and RNA aptamers,
ribozymes (RNA-based enzymes), DNAzymes (DNA-based
enzymes), and aptazymes (ribozyme-aptamer or DNAzyme-
aptamer conjugates in which the catalytic activity of the
enzyme domain is regulated by the ligand binding to the
aptamer domain). FNAs, and particularly DNA aptamers
and DNAzymes, are inherently more stable than proteins,
resulting in more robust biosensors that can function for an
increased period of time. FNAs can be created to recognize
a broad range of targets by a simple test-tube evolution
technique known as SELEX (Systematic Evolution of Ligands
by EXponential Enrichment) or in vitro selection [4–6], a
process that is short, does not require the use of animals

or cells, and has little restriction on the nature of targets
and the choice of experimental conditions. FNAs can be
chemically synthesized at a relatively low cost with excellent
batch-to-batch consistency. They can be facilely immobilized
onto a solid matrix. They are easy to modify with sensing
probes to allow the detection by many different methods.
Binding of targets to an FNA can be coupled to novel
amplification techniques to achieve a high level of signal
amplification. Several reviews have been published in recent
years that have comprehensively discussed the exploration
of FNAs for biosensing applications [1–3]. This review is
intended to focus on RNA-cleaving DNAzymes, denoted
RNase DNAzymes, as a specific class of FNAs and their use
in the development of biosensors that utilize fluorescence as
the signal output. Special attention will be given to the most
recent developments in this area.

2. Deriving RNA-Cleaving DNAzymes by
In Vitro Selection

Compared to DNA, RNA has significantly reduced chemical
stability [7], due to the inherent transesterification reac-
tion between a phosphodiester linkage and the nearby 2′-
hydroxyl group (Figure 1). In addition, RNA and DNA are
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Figure 1: The chemical reaction catalyzed by RNase DNAzymes.
These DNAzymes cleave a phosphodiester bond using the 2′-
hydroxyl (light blue) as the nucleophile.

two polymers made of almost identical building blocks,
making them prone to interacting through Watson-Crick
base pairing. From these two viewpoints, it is not very
difficult to make a DNA catalyst that binds an RNA substrate
and activates a suitable 2′-hydroxyl group to render its attack
on a nearby phosphodiester [8–10].

All DNAzymes known to date, including RNase
DNAzymes, have been obtained from a large, random-
sequence DNA library via in vitro selection experiments
[4–6]. A typical DNAzyme selection (Figure 2(a)) uses a
DNA library containing up to 1016 different single-stranded
DNA molecules. Such a library is chemically synthesized
and contains a central random domain flanked by two short
constant regions as primer binding sites for polymerase
chain reaction (PCR). The library is subjected to a function-
based selection step that separates active sequences from
inactive ones. The surviving molecules are amplified by
PCR and the amplified DNA is used for the next round
of selection. The separation-amplification cycle (selection
cycle) is repeated for a number of times until the pool
exhibits a desirable catalytic activity. This is followed by
cloning and sequencing experiments to obtain individual
DNAzymes for characterization and application.

A function-based selection step that can be used to
isolate RNase DNAzymes is illustrated in Figure 2(b). The
RNA substrate is linked to a DNA pool to isolate cis-
acting DNAzymes (DNAzymes that cleave an attached RNA
sequence). The cleavage makes the active constructs smaller,
which travel faster on gel electrophoresis. They are purified,
amplified by PCR, and used for the next selection round.
This process is repeated until a robust RNA-cleaving activity
is observed. Initially, the selected DNAzymes are cis-acting,
as covalent attachment of the substrate offers an easy
way to select for an enzymatic activity; however, cis-acting
DNAzymes can be made into trans-acting DNAzymes (true
enzymes) simply by separating the substrate sequence from
the DNAzyme.

The first DNAzyme selection, conducted in Gerald
Joyce’s laboratory in 1994, led to the isolation of an RNase
DNAzyme that cleaves a single RNA linkage embedded
in a DNA sequence in the presence of Pb2+ [11]. The

DNAzyme exhibits a cleavage rate of 1 min−1, translating
into a rate enhancement of 105-fold over the spontaneous
cleavage of RNA. Since then, a plethora of in vitro selection
experiments have been performed to derive diverse RNase
DNAzymes with widely different characteristics. The list
includes DNAzymes utilizing Mg2+ [12], Ca2+ [13], Zn2+

[14], Mn2+ [15], and UO2
2+ [16] as metal-ion cofactors,

a cofactorless DNAzyme [17] and DNAzymes that use the
amino acid histidine as the cofactor [18].

The Joyce Laboratory also made an effort of selecting
DNAzymes that can cleave an all-RNA substrate under
physiological conditions, which led to the discovery of two
DNAzymes known as 10–23 and 8–17 (Figure 3) [19]. 10–
23 has the ability to cleave any purine-pyrimidine junction
within an RNA chain as long as its two-binding arms are
properly engineered so that they can form stable duplexes
with nucleotides flanking the cleavage junction. 10–23 has
been used to target many messenger and viral RNAs for
therapeutic applications [8, 9]. The other DNAzyme isolated
from this selection, 8–17, has also been isolated in several
other in vitro selection experiments [13, 14, 20, 21]. Sequence
variants of 8–17 are capable of using different metal-ion
cofactors, such as Mg2+ [19], Ca2+ [13], Mn2+ [20], and
Zn2+ [16] as well as cleaving fourteen of the possible sixteen
dinucleotide junctions of RNA [20]. 8–17 has been widely
studied as biosensors for the detection of metal ions and
other ligands [10]; some examples will be discussed below.

3. Dressing Existing RNase DNAzymes with
a Fluorescence-Signaling Module

Fluorescence is a powerful technique that has found
widespread applications in bioanalysis [22]. Its popularity
comes from high detection sensitivity, minimal invasiveness,
capability for real-time detection, and the availability of
many different fluorophores and related quenchers. The
isolation of many RNase DNAzymes has created an oppor-
tunity for developing fluorescent biosensors based on such
enzymes.

The most popular way of making a fluorescent sensor
out of an RNase DNAzyme is to report the DNAzyme action
through the use of a fluorophore/quencher (F/Q) pair. This
can be conveniently achieved by a judicious arrangement of
F and Q so that they are in close proximity prior to catalysis
but separate from each other after catalysis.

Three types of F/Q arrangements have been commonly
adopted: F and Q can be placed on the bases flanking the
cleavage site (Figure 4(a)) [23], at the end of a duplex formed
between a DNAzyme and its substrate (Figure 4(b)) [24], or
at the end of a hairpin-shaped substrate (Figure 4(c)) [25].

4. Isolating New RNase DNAzymes That Cleave
a Fluorogenic Substrate

In addition to converting existing RNase DNAzymes into
fluorescent reporters, novel RNase DNAzymes can also
be directly isolated from random-sequence DNA libraries
to cleave a substrate predeposited with a F/Q pair. To
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Figure 2: Deriving RNase DNAzymes by in vitro selection. (a) Schematic of isolating DNAzymes from a DNA pool. (b) Gel electrophoresis-
based method for selecting RNase DNAzymes. For clarity, only the function-based selection step is shown.
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Figure 4: Three common arrangements of fluorophore (F) and
quencher (Q) in the design of fluorescent RNase DNAzyme-based
biosensors. F and Q are appended to the nucleobases that flank
the cleavage site (a), placed at the end of duplex formed between
the substrate and DNAzyme strands (b), or located at the end of
the hairpin-shaped substrate strand (c). DNAzyme and substrate
strands are shown in black and red, respectively. The cleavage site is
marked by a blue “R”.

achieve high levels of fluorescence signal by the dequenching
mechanism, F and Q need to be placed as close to the cleavage
site as possible. However, doing so can significantly affect
the catalytic performance of an existing RNase DNAzyme
because the bulky fluorophores and quenchers may prevent
the DNAzyme/substrate from achieving optimal structural
folding. Isolating RNase DNAzymes directly from a random-
sequence library to cleave a premodified substrate would
overcome this issue [23]. Our laboratory has carried out sev-
eral in vitro selection experiments to isolate such DNAzymes
[26–30]. These DNAzymes cleave a chimeric DNA/RNA
substrate containing a single ribonucleotide as the cleavage
site that is located between a nucleotide modified with a
fluorophore and a nucleotide modified with a quencher
(Figure 5(a)).

Several fluorogenic RNase DNAzymes have been
obtained and their catalytic and signaling properties are
characterized [31–34]. Most of these DNAzymes are robust
catalysts, exhibiting a catalytic rate at or above 1 min−1.
They can achieve 10- to 30-fold signal enhancements.
Some of these DNAzymes have very interesting secondary
structures, such as 3-way junction [28, 30], 4-way junction
[32], and 5-way junction [29]. The secondary structures
of two representative signaling DNAzymes are provided in
Figure 5(b).

5. Using Fluorescent RNase DNAzymes as
Metal Ion Sensors

Certain metal ions, such as Pb2+ and Hg2+, impose a great
threat to human health, and biosensors that have the ability
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Figure 5: Fluorogenic DNAzymes obtained from random-sequence DNA libraries. (a) The chemical transformation catalyzed by these
DNAzymes. These DNAzymes cleave a phosphodiester bond using a nearby 2′-hydroxyl (light blue) as the nucleophile. The special nucleic
acid substrate to be cleaved has two features: (1) it contains a single ribonucleotide (riboA) as the cleavage site embedded in a DNA sequence,
and (2) the cleavage site is immediately sandwiched between two DNA nucleotides modified with a fluorophore (F; specifically fluorescein)
and a quencher (Q; specifically DABCYL). (b) Secondary structures of two representative signaling DNAzymes. rA: adenine ribonucleotide
(the cleavage site; shown in blue); F, fluorescein-modified dT; Q, DABCYL-modified dT. Conserved nucleotides are shown in black circles.
The substrate strands are shown in red.

to sensitively and selectively detect such metal ions are highly
coveted. DNAzymes typically need divalent metal ions as
cofactors to perform efficient catalysis and thus, the catalytic
activity of a properly engineered metallo DNAzyme can be
exploited to detect metal ions. Significant work has been
carried out, mostly in the laboratory of Yi Lu, to develop
RNase DNAzymes into sensors for toxic metal ions. Here we
will discuss a few examples where the detection was done
using fluorescence as the signal output.

The first-ever fluorescent DNAzyme-based metal-ion
sensor, reported by the Lu group, is for the detection of Pb2+

[24]. The DNAzyme employed is a variant of 8–17 that has
the robust RNA cleavage activity in the presence of Pb2+.
The DNAzyme was converted into a fluorescent sensor using
the labeling scheme shown in Figure 4(b). This sensor has
a detection limit of 10 nM for Pb2+ and exhibits an 80-fold
selectivity for Pb2+ over other metal ions. The same group
recently reported another fluorescent Pb2+ sensor using the
RNase DNAzyme originally selected by the Joyce group in the
presence of Pb2+ [11]. This sensor was found to be ∼40,000
times more specific than the 8–17 based Pb2+ sensor [35].

A fluorescent sensor for UO2
2+ was also reported by the

Lu group, using an RNase DNAzyme selected for UO2
2+

[16]. This sensor is able to detect UO2
2+ down to 45 pM and

exhibits a selectivity of more than one million-fold over other
metal ions, making it the best UO2

2+ sensor known to date.
The same group has also engineered a DNAzyme sensor

for Hg2+ using an altered version of the uranium-responsive

DNAzyme [36]. They replaced a short duplex motif of the
DNAzyme with a few T-T mismatches, a DNA element
known to bind Hg2+. This simple manipulation leads to
the deactivation of the DNAzyme. However, when Hg2+

is present, the strong binding of Hg2+ to the DNA motif
reactivates the DNAzyme. This Hg2+ sensor exhibits a
detection limit of 4 nM, which is below the threshold
for toxicity set by the US Environmental Protection
Agency.

6. Constructing Fluorescent RNase Aptazymes
by Rational Design

To detect molecules other than metal ions, DNAzymes need
to carry an aptamer domain as the recognition element.
The unified aptamer-DNAzyme systems are often referred
to as “allosteric DNAzymes” or simply “aptazymes”. Rational
design can be used to engineer RNase aptazymes. This can
be done by judiciously integrating an aptamer with an RNase
DNAzyme to create an allosteric DNAzyme whose catalytic
activity is regulated by the binding of the target analyte to
the aptamer domain. A great amount of research work has
been carried out to devise various strategies to engineer RNA
or DNA aptazymes for biosensing purposes [37–40]. Here
we will discuss two strategies published in our own group
on linking an ATP-binding DNA aptamer to fluorescently
dressed RNase DNAzymes.
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The first strategy, illustrated in Figure 6(a), is modeled
after the structure-switching aptamer design principle [41].
The strategy uses three separate oligonucleotides: an ATP-
binding DNA aptamer linked to an RNase DNAzyme, a
regulatory oligonucleotide that binds part of the DNAzyme
sequence and part of the aptamer domain, and a fluorogenic
substrate [42]. Without ATP, the regulatory oligonucleotide
prevents the substrate from binding to the DNAzyme; the
binding of ATP to the aptamer results in the release of the
regulatory oligonucleotide. The freed DNAzyme can now
bind and cleave its fluorogenic RNA substrate, leading to the
increase of fluorescence. Two DNAzymes were used for this
demonstration: 8–17 and pH7DZ1.

The second strategy is based on an intramolecular
structure-switching mechanism using the same ATP-binding
DNA aptamer and pH6DZ1 as the DNAzyme (Figure 6(b))
[43]. The aptamer sequence is inserted into a hairpin motif
of pH6DZ1; the sequence of the aptamer is slightly altered so
that part of the aptamer can form an intramolecular stem
with several catalytically essential nucleotides of pH6DZ1
in the absence of ATP. Upon addition of ATP, the aptamer
domain switches from the duplex structure to the com-
plex structure with ATP, which frees up the sequestered
nucleotides to create the active structure of the DNAzyme to
cleave its fluorogenic substrate.

7. Isolating Fluorescent RNase Aptazymes
via In Vitro Selection

Although rational design can be used to engineer RNase
aptazymes from existing RNase DNAzymes and aptamers,
in vitro selection can be explored to isolate novel RNase
aptazymes from random-sequence pools. Such an approach
relies on two selection steps to tune the dependence of the
catalytic activity of the DNAzyme on the target of interest: a
negative selection step to remove sequences that are catalytic
in the absence of target or in the presence of undesired
targets; a positive selection step with the target of interest to
enrich sequences that are target-specific.

Our group has used this approach to derive fluorescent
RNase DNAzymes that are able to detect bacteria [44, 45].
The goal of the work was to determine whether it was feasible
to develop a fluorescent RNase DNAzyme sensor that can
detect Escherichia coli (E. coli), representing the bacteria of
interest but does not recognize other bacteria represented
by Bacillus subtilis (B. subtilis). A library of DNA molecules
containing a fluorogenic chimeric DNA/RNA substrate was
first subjected to a negative selection step with the crude
extracellular mixture (CEM) from B. subtilis. The cleaved
sequences were discarded, and the uncleaved ones were
recovered and subjected to a positive selection step with the
CEM from E. coli. The cleaved sequences from this positive
selection step were amplified by PCR and used as the pool for
the next round of negative/positive selection. A DNAzyme,
named RFD-EC1, was obtained after 20 selection cycles.
RFD-EC1 was found to be highly specific for E. coli and did
not show any activity in the presence of a host of other Gram-
negative and Gram-positive bacteria. With the addition of

a culturing step, RFD-EC1 is able to detect a single seeding
E. coli cell. Using the CEM from E. coli (which represents
a complex mixture of small molecules and proteins) as the
target of interest (rather than using a defined biomarker for
E. coli) allows the selection process to choose a target from
the mixture that not only bind strongly to the aptazyme but
is also absent from the control bacteria. The key advantage
of this method is that it avoids laborious steps to identify
and purify a suitable target that is unique only to the target
bacteria.

8. Using RNase DNAzymes to Achieve
Signal Amplification

RNase DNAzymes can be neatly incorporated into signal
amplification strategies to achieve highly sensitive detection.
Here we will discuss three examples.

The first study used the aforementioned Pb2+ dependent
RNase DNAzyme and an RNA-containing molecular beacon
(MB) (as the substrate) to achieve signal amplification.
The MB-type substrate provides highly efficient fluorescence
quenching; the multiple turnover ability of the DNAzyme—
cleaving one MB molecule after another—means that a large
signal can be generated from a low concentration of the
RNase DNAzyme. The outcome is significantly increased
detection sensitivity [46].

The second study cleverly integrated T4 DNA ligase,
an RNA-cleaving DNAzyme and again an RNA-containing
molecular beacon (MB) to achieve the detection of ATP.
Since ATP is a required cofactor for T4 DNA ligase, the
presence of ATP in a test sample leads to the activation of the
ligase’s DNA ligation ability. The activated ligase joins two
pieces of DNA to make a functional RNase DNAzyme. The
assembled DNAzyme then cleaves the RNA linkage placed
within the loop region of the MB to generate a fluorescence
signal (Figure 7(a)) [25].

The third study employed a histidine-dependent RNA-
cleaving DNAzyme, an endonuclease, and an MB to create
an amplified sensor for the detection of histidine. When
histidine is present, the DNAzyme is activated, leading to
the cleavage of an RNA-containing substrate that is designed
to bind strongly with the DNAzyme. The cleavage event
produces two DNA fragments that can no longer hold
onto the DNAzyme strongly. One released fragment goes
on to hybridize with the MB creating the double-stranded
recognition site for a specific endonuclease, which carries
out the cleavage of the MB for fluorescence signal generation
(Figure 7(b)) [47].

The last two biosensing systems discussed above are
encoded with two layers of signal amplification capabilities
due to the multiple-turnover nature of both the DNAzyme
and the protein enzyme.

9. Conclusions

DNA is best known as the hereditary material for the
storage of genetic information in living organisms. However,
a great amount of work has been done in the past 20
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years that have convincingly shown that DNA is also a
versatile polymer from which receptors (DNA aptamers) and
catalysts (DNAzymes) can be derived. Since the discovery
of the first-ever DNAzyme by the Joyce group in 1994
[11], tremendous progress has been made in DNAzyme
research in several aspects, including isolation of many
DNAzymes that can collectively catalyze more than a dozen
different chemical reactions, demonstration that DNAzymes
can achieve large rate enhancements, and application of
DNAzymes as chemical and biological tools [9]. One of the
highly studied classes of DNAzymes is RNase DNAzyme.
This review has sampled some key studies where RNase
DNAzymes have been examined for fluorescence-based
biosensing applications.

Several conclusions can be drawn. First, RNase
DNAzymes can be made to detect a very broad range
of targets, from simple chemical species, such as toxic metal
ions and small biological cofactors, to complex biological
samples, such as the CEM of E. coli. We expect that the list of
analytes will expand when this field continues to develop.

Second, both rational design and in vitro selection
approaches can be applied to design fluorogenic RNase
DNAzymes to detect a specific analyte. Rational design
is usually adopted if there is a known aptamer for the
analyte. Since aptamers that bind a variety of targets do
exist, rational design can still be a fruitful way of turning
these aptamers into fluorescent RNase DNAzyme sensors.
However, for analytes without a preisolated aptamer, the
selection approach becomes an excellent choice. This point
has been effectively demonstrated by the Lu group through
the creation of a novel uranium sensor [16], as well as by our
own group through the development of a novel E. coli sensor
[44, 45]. We expect that similar approaches will be explored
in the future for creating sensors for many other targets.

Third, fluorogenic RNase DNAzyme systems offer a
unique way of achieving signal amplification, as illustrated by
the two examples discussed earlier where amplified ATP and
histidine sensors were engineered. Both examples elegantly
use DNA manipulating enzymes (DNA ligase and nicking
endonuclease) to produce an RNase DNAzyme (in the case of
DNA ligase) or act on the product of an RNase DNAzyme to
amplify the signal. Such couplings are made possible simply
because DNAzymes are DNA molecules at the first place and
can be easily teamed up with DNA manipulating enzymes to
do unique things.

The real-time detection capability and excellent chemical
stability, combined with the power of in vitro selection,
will continue to make fluorogenic RNase DNAzyme-based
sensors an excellent option for many biosensing applications
to come.
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We describe a rational approach devoted to modulate the sugar-phosphate backbone geometry of nucleic acids. Constraints were
generated by connecting one oxygen of the phosphate group to a carbon of the sugar moiety. The so-called dioxaphosphorinane
rings were introduced at key positions along the sugar-phosphate backbone allowing the control of the six-torsion angles α to ζ
defining the polymer structure. The syntheses of all the members of the D-CNA family are described, and we emphasize the effect
on secondary structure stabilization of a couple of diastereoisomers of α,β-D-CNA exhibiting wether B-type canonical values or
not.

1. Introduction

It is now clear that nucleic acids play several different roles
in the living cell from genetic code storage to the catalysis
of chemical reactions in ribosome. All of these particular
behaviours are associated with various and very often
transient structures of these polymers. The most prevalent
secondary structure of nucleic acids is the double helix that
can adopt either A- or B-type depending on the hydration
level and/or the 2′-deoxyribosyl or ribosyl nature of the
hybridized strands. While the backbone organization of
double-stranded DNA and RNA is normally quite regular,
there are many other secondary and tertiary structures that
DNA and RNA molecules can adopt in vivo [1]. It is also
well established that these disparate structures, which are
predisposed to promote a significant local conformational
heterogeneity in the sugar-phosphate backbone, play a
crucial role in the fundamental biological processes where
protein-nucleic acid interactions, folding, or catalytic activity
are involved [2]. As a consequence nucleic acids can fold
into biologically relevant distinct structures such as bulges,

hairpin loops, U-turns, adenosine platforms, branched
junctions, or quadruplexes (Figure 1). As proposed by few
studies, the sugar/phosphate backbone of these unusual
motifs exhibit a variety of conformations, which markedly
differ from the regular conformational states of duplex DNA
and RNA molecules [3–8]. However, the intrinsic role
impar-ed to the phosphate diester backbone in respect with
bases sequence in stamping these structures is still not
properly defined.

The determination of the precise biological role played by
nonstandard helical conformations during the biochemically
important processes (e.g., protein-DNA complexation, DNA
processing, and DNA packaging) is also an area of intense
study [9, 10]. An important study based on an analysis of
available high-resolution crystallographic data and molec-
ular simulation techniques has shown that, in contrast to
free B-DNA structures, protein-bound B-DNA oligomers
regularly involve noncanonical backbone geometries [11].

These unusual backbone states are believed to contribute
to the specific recognition of DNA by proteins in assisting, at
some stages, the fine structural adjustments that are required
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ξαγ
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ε

Figure 1: Examples of DNA secondary structures and associated backbone-torsion angles γ/β/α/ε/ζ of representative dinucleotide units. The
following 6-fold staggered pattern of the torsional angles is used: cis = 0± 30◦ (c), gauche(+) = 60± 30◦ (g+), anticlinal(+) = 120± 30◦ (a+),
trans = 180± 30◦ (t), anticlinal(−) = 240± 30◦ (a−), and gauche(−) = 300± 30◦ (g−). The notation g−/a− is used to designate a torsion angle
on the border of gauche(−) and anticlinal(−). PDB ID: Hairpin, 1ii1; duplex, 436d; Bulge, 1jrv; 4-Way junction, 1zez, and G-quad, 1kf1.

between DNA and proteins to form stable complexes.
There are many examples in which DNA/protein complex
formation results in DNA bending without disruption
of the Watson-Crick base pairing [12–15]. Whereas this
bending can be essential for complexes formation, it is
generally sequence specific but with a strong impact on the
sugar/phosphate backbone and can reach up to 90◦. Unfor-
tunately, experimental studies which aimed at determining
the structural and functional implications of such helical
deformations are somewhat complicated by the intrinsically
transient nature of the corresponding backbone states. Stable
structural analogues of these distorted backbone geometries
would be very useful in the elucidation of the role that helical
deformations play in nucleic acid interactions with proteins.

Mainly driven by the need of antisens research, most of
the conformationally restricted oligonucleotides have been
designed to enhance duplex formation ability and stability.
Therefore, many efforts have been devoted to the synthesis of
analogues with sugar-puckering conformational restriction
of the North type [16–18, 18, 19]. To our knowledge, less
attention has been paid to the design of conformationally
restricted nucleosides with the aim of mimicking nucleic acid
secondary structures containing non-Watson-Crick pairs or
unpaired nucleotides. We are interested in the development
of conformationally constrained dinucleotide building units
in which the backbone torsional angles α–ζ can have prede-
fined values that differ significantly from the typical values
observed in DNA and RNA duplexes. In that context, the
present paper will describe the last proposals and recent
advances towards the introduction of conformational con-
straints into nucleotides by means of cyclic-phosphate
structures.

The introduction of constraint on the sugar-phosphate
backbone by connecting a phosphate to a base, sugar moiety,
or another phosphate of the same strand gave new opportu-
nity to provide conformationally constrained nucleic acids
mimics. The pioneering work of the Sekine’s group in the
late 90

′
s illustrated this approach. They were interested

in developing mimics of the U-turn structure [20]. This
sharply bent conformation has been commonly found in the
anticodon loop of tRNAs and later discovered at the active
site of hammerhead ribozymes. Therefore, they focused
on the preparation of two cyclic diuridylates (compounds
I and II, Figure 2), in which the two nucleosides moieties
were connected either by an amide group or by a carbamate
function for I, or by introducing a bridge between the 5′-
phosphate group and the 5-C position of the uracil moiety
for II [21]. When incorporated within oligonucleotides,
these modified nucleotides I were both able to induce a severe
bent into the oligomer, whereas the cyclouridilic derivatives
of type II could either allow the formation of the duplex
with the RP configured phosphotriester moiety or be a good
motif to mimic the U-turn structure with the SP configured
rigid-cyclouridilic acid derivative [22, 23].

Later on, the Poul Nielsen’s group showed that the ring-
closing metathesis (RCM) reaction was a suitable method-
ology towards the synthesis of conformationally restricted
dinucleotide structures (compounds III to VII) in order to
preorganize a single-stranded nucleic acid and to either
form stabilized duplexes or to induce stabilization in other
secondary structures [24–29]. The approach is based on the
synthesis of dinucleotide units (or trinucleotide units) with
a phosphotriester linkage constructed by RCM between an
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Figure 2: Selected macrocyclic-constrained nucleotides.

allyl-protected phosphate and another double-bond intro-
duced at the appropriate location on the nucleoside either on
the sugar or on the base moiety. Whereas all the constrained
dinucleotide structures evaluated in duplex context showed
destabilizing behavior, the RP isomer of V provided the first
example of stabilized three-way junction, in particular when
the hairpin moiety was composed of ribonucleotides with an
increase stability of +2.2◦C rising to 2.7◦C with the addition
of Mg2+.

The cyclic structures proposed there to modulate the
sugar/phosphate backbone were composed of the smallest of
a seven-membered cyclic phosphotriester to a very large
macrocycle (up to eighteen members) and therefore exhib-
ited rather flexible and undefined structures. In order to have
a more rationalized approach to the design of covalently
constrained nucleic acids (CNA) with specific canonical or
noncanonical backbone conformations, we have developed
dimeric building units in which two or three backbone tor-
sion angles α−ζ are part of a well-defined six-membered ring
structure (Figure 3).

The so-called D-CNAs are dinucleotides, in which a set of
backbone torsion angles α–ζ is stereocontrolled to canonical
or noncanonical values by a 1,3,2-dioxaphosphorinane ring
structure. For a given dinucleotide step, there are fourteen
possible [β-D-deoxyribo]-configured D-CNA stereoisomers
which formally result from the introduction of a methylene
or ethylene linker between a nonbridging phosphate oxygen
and the 2′/4′-carbons (methylene linker) or the 3′/5′-
carbons (ethylene linker) of the sugar moiety.

Herein, we disclose the synthesis of each member of the
D-CNA family, discuss their structural parameters which
were established by means of X-ray diffraction analysis or

NMR, and finally emphasize on the behaviour of α,β-D-CNA
within duplex or hairpin secondary structure.

2. Synthesis of α,β-Constrained
Nucleic Acids Dinucleotides (α,β-D-CNA
and α,β-P-CNA)

Our retrosynthetic analysis for the synthesis of α,β-D-CNA
dinucleotides is based on the very simple strategy that con-
sists of using both steric and anomeric effects to stereocontrol
the cyclization reaction of a dinucleotide precursor, in which
the phosphate oxyanions can attack an activated carbon
atom. The preparations of the α,β-D-CNA dithymidine
diastereoisomers are disclosed in Scheme 1 [30, 31].

The key compounds of these pathways are the diastereop-
ure 5′(S) and 5′(R)-C-hydroxyethyl-substituted nucleosides
3 and 7, respectively. The former was obtained after reduc-
tion of the ester moiety of the product 2 of a diastereose-
lective Mukayama’s reaction catalysed by BiCl3/ZnI2 on the
aldehyde 1 [32–34]. The starting aldehyde 1 was prepared
by a Pfitzner-Moffatt oxidation procedure of the primary
hydroxyl function of the thymidine after a classical three-
step protection/deprotection sequence [35, 36]. The 5′(R)
isomer 7 was generated from 1 through a Sakuraı̈’s allylation
with a ω-subsituted-allyltrimethylsilane [37, 38] followed
by a three-step oxidative cleavage protocol of the double
bond of the 5′-C-hydroxypentenyl-thymidine 6 isolated by
silica gel chromatography from its diastereoisomer. Selective
tosylation of the primary-hydroxyl function was achieved
in good yield by reaction with tosyl chloride in the
presence of pyridine [39] to provide the corresponding
5′-C-tosyloxyethylthymidines that were coupled with the
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Figure 3: D-CNA dinucleotides building blocks for sugar/phosphate torsion angles control.

commercially available thymidine phosphoramidite under a
standard phosphoramidite procedure [40] to give the acyclic
dinucleotides 4 and 8 after the oxidation step, respectively.

The cyclization reaction for the formation of the dioxa-
phosphorinane structure occurred by the treatment of 4 or
8 in basic medium to generate the phosphate anion that can
displace the tosylate group. Surprisingly, the (SC , RP) isomer
5 of α,β-D-CNA was exclusively obtained from 4 whereas a
lower stereoselectivity of 7/3 was observed for the formation
of the (RC , SP) 9 and (RC , RP) 10 α,β-D-CNA from the
5′(R)-C precursor 8. After deprotection of the hydroxyl
functions both, α,β-D-CNA were structurally characterized
and revealed that the major isomers were those with the
dioxaphosphorinane ring in the chair conformation (See
Section 6).

Following the same chemical synthesis pathway, α,β-D-
CNA analogues have been prepared by introducing a LNA-
modified nucleoside during the phosphoramidite coupling
to lead to LNA/α,β-D-CNA [41] (Figure 4), while changing
the oxidation procedure from water/iodine to sulfur provid-
ed after cyclisation Thio-dioxa- and oxo-oxathiaphosphor-
inane structures (thio-α,β-D-CNA) [42]. Finally, starting
from uridine or 2′-OMe-uridine, ribo-α,β-D-CNA could be
achieved with the same diastereoselectivity outcome during
the cyclisation process [43].

Therefore, the high diastereoselectivity observed for the
formation of 5 led us to develop a strategy to synthesize the
missing isomer in order to complete the set of CNA struc-
tural element. We turned our interest to phosphonate ana-
logues of the D-CNA,, in which the dioxaphosphorinane ring
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would be replaced by a cyclic phosphonate called phostone
providing Phostone-Constrained Nucleic Acids building
blocks (P-CNA) [44]. We speculated that an intramolecular
Arbuzov reaction, performed on the phosphite dinucleotide
intermediate 14 similar to that prepared for the synthesis of
D-CAN, would be suitable to reach this target (Scheme 2).

Starting from the thymidine aldehyde 1, allylation under
Hosomi and Sakurai’s condition [45] gave pure 5′(S)-C-
allylthymidine 11 that underwent a selective hydrobora-
tion/oxidation of the double-bond after protection of the
secondary hydroxyl function to provide 12. The required 5′-
C-tosyloxypropylthymidine 13 was reached by tosylation of

the primary hydroxyl function and removal of the trimeth-
ylsilyl protective group. The key phosphite intermediate 14
resulted from the standard coupling of 13 with the com-
mercially cyanoethyl protected thymidine phosphoramidite
using usual tetrazole activation and without oxidation step.
In optimized Arbuzov reaction conditions (micro-waves
irradiation and addition of LiBr), the cyanoethyl group was
eliminated after the attack of the phosphorus on the activated
carbon, leading to the formation of a 2/1 diastereoisomeric
mixture of phostones. The removal of the 5′ and 3′-hydroxyl
function protective groups and silica gel chromatography
led to the isolation of the P-CNA 15 and 16. The (SC , SP)
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α,β-P-CNA isomer 16 was isolated as the minor isomer and
was corresponding to the structural analogue of the missing
α,β-D-CNA.

3. Synthesis of α,β,γ-Constrained
Nucleic Acids Dinucleotides (α,β,γ-D-CNA)
and δ,ε,ζ-Constrained Nucleic Acids
Dinucleotides (δ,ε,ζ-D-CNA)

These two representatives of the D-CNA family originate
from the connection of the phosphate to the 4′-C-carbon
atom either of the downstream sugar moiety for the α,β,γ-
D-CNA or of the upstream sugar moiety in the case of
the δ,ε,ζ-D-CNA (Figure 3) [46]. Therefore, their synthesis
started from a common intermediate 4′-C-hydroxymethyl-
thymidine 17 obtained by a treatment of the thymidine
aldehyde 1 under Cannizzaro’s conditions (Schemes 3 and 4)
[47].

In the case of α,β,γ-D-CNA thymidine dinucleotides, the
dioxaphosphorinane ring structure was formed as previously
described for α,β-D-CNA by displacement of a tosyl group by
a phosphate anion generated by the removal of a phosphate
cyanoethyl protective group in basic medium (Scheme 3).
The acyclic precursor involved is the dithymidine 19 pre-
pared by coupling 5′-O-tosyl-4′-C-hydroxymethylthymidine
18 with the commercially available thymidine phospho-
ramidite using standard phosphoramidite technology. A

three-step procedure involving first a selective protection of
the 5′′-hydroxyl function of 17, followed by tosylation of the
residual primary 5′-hydroxyl function, and finally removal
under acidic conditions of the dimetoxytrityl group fur-
nished the required 5′-O-tosyl-4′-C-hydroxymethyl thymi-
dine 18. The removal of the cyanoethyl group from 19 by
treatment with potassium carbonate in dimethylformamide
generated the phosphate anion which by heating at 90◦C
provided the formation of two cis- and trans- isomers of
protected α,β,γ-D-CNA in a 2/1 ratio in favor of the cis. After
the removal of the 5′- and 3′-protective groups, the α,β,γ-D-
CNA cis 20 could be separated from the trans isomer 21 and
characterized.

A similar approach towards the synthesis of δ,ε,ζ-D-
CNA, that is, introduction of a tosyl group on the 5′′-
hydroxyl function, phosphoramidite coupling, and nucle-
ophilic attack of the phosphate has been investigated, but it
turned out to be troublesome and the desired 5′′-O-activated
nucleoside could only be obtained in very poor yield.
Therefore, we choose to use the well-known phosphotriester
methodology that allows the formation of a phosphoester
from a phosphate with an alcohol in the presence of an
activator such as 1-(mesitylene-2-sulfonyl)-3-nitro-1,2,4-
triazole (MSNT) [48].

Starting from the diol 17, both primary hydroxyl func-
tions were protected as dimethoxytrityl ether and the 3′-
O-silyl protective group was removed by treatment with
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fluoride ion to produce the nucleoside 22 (Scheme 4). A
phosphoramidite coupling with a 5′-O-phosphoramidite-
thymidine gave dinucleotide 23 that was consecutively treat-
ed in acidic medium to remove the dimethoxytrityl protec-
tive groups and in basic medium with triethylamine to elim-
inate the cyanoethyl phosphate protective group. The key
phosphodiester 24 was then available to undergo the cyclisa-
tion process according to the phosphotriester methodology.
Even if two primary hydroxyl functions were present, only
the 5′′-hydroxyl reacted under the MSNT catalyst to form
the dioxaphosphorinane ring. This high regioselectivity was
unfortunately combined with no diastereoselectivity in the
neither ring formation nor the formation of a 1/1 mixture
of (SC4′ , RP) and (SC4′ , SP) diastereoisomers 25 and 26,
respectively. The poor diastereoselectivity could be explained
by the fact that due to the fused sugar ring none of these
compounds feature a chair conformation of the dioxaphos-
phorinane structure, which is indicative that there is not a
more favorable intermediate during the cyclisation process.

4. Synthesis of ν2,ε,ζ-Constrained Nucleic
Acids Dinucleotides (ν2,ε,ζ-D-CNA)

The synthesis of ν2,ε,ζ-D-CNA implied the connection of the
phosphate to the 2′-C-carbon of the sugar moiety through a
methylene link [49]. To achieve this goal, instead of starting

from a nucleoside precursor, we choose to reproduce a proto-
col previously described by Marquez and Coll. that used the
commercially available 1,2 : 5,6-diisopropylidene-D-glucose
and through an elegant rearrangement gave the piv-
otal protected 2-deoxy-C-(hydroxymethyl)-D-ribofuranose
30 (Scheme 5) [50]. Then a Vorbrüggen et al.’s procedure
[51] could install the thymine base and a phosphoramidite
coupling would provide the dinucleotide that could undergo
the dioxaphosphorinane ring formation, here again by the
phosphotriester method leading to the target ν2,ε,ζ-D-CNA.

The secondary 3-hydroxyl function of 1,2 : 5,6-diisopro-
pylidene-D-glucose was oxidised to ketone to be substrate
for a Wittig homologation with methyltriphenylphospho-
nium on the 3-C position providing the sugar 27 with
an exocyclic double bond. The hydroxymethyl function
at 3-C was generated by a hydroboration/oxidation that
occurred from the top-face of the sugar resulting in the
formation of the required R-configured 3-carbon. Ben-
zoylation of the resulting hydroxyl function provided the
fully protected 3-deoxy-3-hydroxymethyl-D-allose 28. Acidic
hydrolysis of the 5,6-isopropylidene followed by a tricky
selective benzoylation of the primary hydroxyl function led
to 29 with the unprotected 5-secondary alcohol. Acetolysis
of the 1,2-isopropylidene gave the 6-O-benzoyl-3-deoxy-
3-benzoyloxymethyl-D-allose that was subsequently treated
with sodium periodate to cleave the diol system. After
rearrangement, the 2-deoxy-2-benzoyloxymethyl-D-ribose
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analogue has been isolated as a mixture of anomers. After
protection of the anomeric position with an acetate function,
thymine was introduced by a Vorbrüggen’s procedure and
the thymidine analogue 31 was obtained in a 1/9 ratio of α/β
anomers. Removal of the residual-formyl group by aqueous
ammonia gave the suitable nucleoside for a phosphoramidite
coupling with a 5′-O-phosphoramidite-thymidine ending
in the formation of the acyclic dinucleotide 32. Potassium

carbonate treatment, to remove the base labile benzoyl and
cyanoethyl protective groups proceeded with a concomitant
loss of the t-butyldiphenylsilyl group and dinucleotide 33
was obtained as a 1/1 mixture of fully deprotected, and 3′-
O-silylated dinucleotide. These dinucleotides were separated
and submitted to the cyclisation activated by 1-(mesitylene-
2-sulfonyl)-3-nitro-1,2,4-triazole (MSNT) to furnish (RC2′ ,
SP) and (RC2′ , RP) ν2,ε,ζ-D-CNA 34 and 35, respectively.
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While the ring formation occurred with a 1/1.8 ratio in
the case of the partially protected dinucleotide, the diastere-
oselectivity was lowered to 1/1.4 for the fully deprotected
dinucleotide.

5. Synthesis of xylo-ε,ζ-Constrained Nucleic
Acids Dinucleotides (xylo-ε,ζ-D-CNA)

The restrains on only the torsional angles ε and ζ requires
the formation of a spiro connection between the sugar and
the dioxaphosphorinane rings by introduction of an ethylene
linker between the 3′-C-carbon atom of the sugar moiety
and the phosphate (Figure 3) [52]. To date, on the four
possible stereoisomers, we have reported the synthesis of
the xylo-configured D-CNAs because they represent a class
of distorted structures directly available from commercially
uridine (Scheme 6). A similar approach to that proposed for
α,β-D-CNA has been followed for the preparation of the
xylo-ε,ζ-D-CAN, that is, aldol condensation to introduce the
ethylene link on the 3′-C and activation through a tosylation
to form the dioxaphosphorinane ring after phosphoramidite
coupling.

Uridine was selectively protected on the 5′-O and 2′-O by
t-butyldimethylsilyl group following the Ogilvie’s procedure
[53] before being oxidized the with Dess-Martin period-
inane [54] to give the keto-uridine 36. A stereoselective
Mukaı̈yama’s addition of the t-butyldimethylsilyl-methyl-
ketene acetal occurred on the Re face of the carbonyl as
determined by NOE experiments on the adduct 37. Reduc-
tion of the ester function turned to be rather difficult using
NaBH4 and the solution came from DIBAH; however; in
a modest yield. The primary hydroxyl function was then
selectively tosylated to provide the 3′-tosyloxyethyl-xylo-
uridine 38 suitable to be engaged in the phosphoramidite
coupling with the 5′-O-phosphoramidite-thymidine. The
acyclic 3′-C -tosyloxyethyluridine/thymidine dinucleotide 39
was then submitted to basic treatment at room temperature,
and the generated phosphate anion cleanly displaced the
tosyl group to form a 1/1 diastereoisomeric mixture of
protected (SC3′ , RP) and (SC3′ , SP) xylo-ε,ζ-D-CNA 40 and
41, respectively, which have been separated on reverse phase
HPLC after deprotection. Whereas a relative instability of the
phosphotriester could be expected due to the presence of
the secondary hydroxyl function, the spiro structure with an
“S” configuration of 3′-C fixed their relative positions away
to the necessary “on line” conformation avoiding any trans-
esterification process [55, 56].

6. Structural Assignment

The determination of the values of the constrained torsional
angles within D-CNA structures relied on the establishment
of the geometry of the dioxaphosphorinane ring whether in
chair conformation or not. Some of D-CNAs were crystal-
lized and solid phase structures were determined by X-ray
diffraction analysis for (RC5′ , SP) α,β-D-CNA TT (compound
9, Scheme 1), (SC5′ , RP) α,β-D-CNA TU (Figure 4), and
(SC4′ , SP) δ,ε,ζ-D-CNA TT (compound 26, Scheme 4).

Table 1: Summary of the backbone torsion angles derived from the
canonical BI-, A-DNA duplex structures and of the synthesized D-
CNAa.

Name Isomer
Torsion angles

α β γ δ ε ζ

BI-type g− t g+ a+/t t g−/a−

A-type g− t g+ g+/a+ a−/t g−

α,β-D-CNA

(RC5′ , SP) g− t

(SC5′ ,RP) g+ t

(RC5′ ,RP) a+ a−/t

(SC5′ , SP) a− a+/t

α,β-P-CNA
(SC5′ , SP) g+ t

(RC5′ ,RP) a−/t t

LNA/α,β-D-
CNA

(RC5′ , SP) g− t g+/a+

(SC5′ ,RP) g+ t g+/a+

(RC5′ ,RP) a+ a−/t g+/a+

α,β, γ-D-CNA
cis g− g− g−

trans g+ c/g+ g−/a−

δ, ε, ζ-D-CNA
(SC4′ ,RP) a+/t g− g−

(SC4′ , SP) a+/t g− a+/t

v2, ε, ζ-D-CNA
(RC2′ , SP) a+ g+ g−

(RC2′ ,RP) a+ g+ t

ε, ζ-D-CNA
(SC3′ ,RP) c t g+

(SC3′ , SP) c t g−
a
The following 6-fold staggered pattern of the torsional angles is used: cis:

0 ± 30◦ (c), gauche (+) = 60± 30◦ (g+), anticlinal (+): 120± 30◦ (a+), trans:
180 ± 30◦ (t), anticlinal (−) = 240 ± 30◦ (a−), and gauche (−) = 300 ± 30◦
(g−). The notation a+/t is used to designate a torsion angle on the border of
anticlinal (+) and trans.

Moreover, NMR analysis of the H/H and H/P coupling
constants of the protons involved in the dioxaphosphorinane
ring or in the sugar moieties either corroborated the results
of the X-ray analysis or allowed for the establishment of the
rings conformations. Interestingly, 3JH/P coupling constants
between relevant protons within the dioxaphosphorinane
ring and the phosphorous gave important information
because they exhibit specific values dependant on the
relative axial or equatorial position of the proton within
the six membered ring, that is, 3JHax/P < ca · 3 Hz and
3JHeq/P < ca · 20 Hz, respectively [57]. Therefore, a careful
examination of these data allowed for the determination of
the dioxaphosphorinane ring conformation, whereas 3JH/H

coupling constants gave also information on the sugar
puckering. The conformational ranges of the constrained
torsional angles within D-CNA determined by these methods
are summarized in Table 1. Torsional angles’ values depicted
in A- or B-type duplex are given as reference and are
considered as canonical values for the regular double-helix
structure [58].

Among all the sets of constrained torsional angles, the
values exhibited for α and β by the (RC5′ , SP) isomer of
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α,β-D-CNA (or its analogue LNA/α,β-D-CNA) are identical
to those observed for the A- or B- type duplex. In contrast,
and as expected by the proposed approach, all the others con-
strained dinucleotides feature-torsional angle’ values greatly
differ from the canonical ones. Therefore, these members
offer an extraordinary diversity in the relative spatial arrange-
ment of the bases moieties allowing the description of an
unusual local shape of nucleic acids. In order to illustrate
this point, Figure 5 shows a superimposition of (RC5′ , SP)-,
(SC5′ , RP) α,β-D-CNA and cis-, trans-α,β,γ-D-CNA featuring
a (g−, t), (g+, t), (g−, g−), and (g+, c/g+) set of value for α
and β, respectively. Whereas (RC5′ , SP) α,β-D-CNA analogue
stands for a good mimic of B-type dinucleotide with the
thymine bases mostly stacked, it is nicely illustrated that the
two bases can be oriented in rather different planes in the
others D-CNA dinucleotides.

The sugar puckering of each nucleosides within D-
CNA was estimated by the empirical equation of Altona-
Sundaralingan using the 3JH/H coupling constants: C2′-endo
(%) = [J1′/2/(J ′1′/2 + J ′3′/4)] × 100 [59]. Due to an increase
of the electronegativity of the 3′ oxygen by introduction of
a neutral internucleotidic linkage, the sugar pucker of the
upstream nucleoside is favored in its C2′-endo conformation
(South) [60]. The determination of the impact that a neutral

phosphotriester linkage would display in the conformational
North/South equilibrium is particularly important as it is
well recognized that this conformational state is of major
importance for the DNA duplex formation ability.

The examination of the relevant coupling constants
showed that in all cases for D-CNA built with 2′-deoxyribose,
the sugar puckering of the 5′-upstream or 3′-downstream
nucleoside were in the C2′-endo conformation. However, for
α,β-, α,β,γ-, and ν2,ε,ζ-D-CNA the 5′-upstream nucleoside
sugar puckering equilibrium was strongly displaced toward
the C2′-endo conformation (South) compared to natural 2′-
deoxyribose units [61]. Interestingly, in the cases of ribo-
α,β-D-CNA (Figure 4), even the 2′-OMe-ribose unit was
pushed into the C2′-endo conformation upon the influence
of the neutralized internucleotidic linkage. Only the xylose-
configured sugar within xylo-ε,ζ-D-CNA adopted a North
conformation (C2′-exo).

Dioxaphosphorinane-modified sugar/phosphate back-
bone of dinucleotide could therefore represent a promising
methodology to provide alternative backbone conforma-
tions. It is likely that D-CNA within DNA or RNA oligomers
would be able to modulate the shape and the folding with
significant-conformational distortion of secondary nucleic
acid structures.
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Figure 5: superimposition of minimized structures of α,β-D-
CNA (g−, t) blue; α,β-D-CNA (g+, t) red; α,β,γ-D-CNA (g−, g−, g−)
green; α,β,γ-D-CNA (g+, c/g+, g−/a−) dark green.

7. Survey of α,β-D-CNA Dinucleotides
Behavior within Oligonucleotides

We focused our interest on the study of the impact of the
restraint on one specific torsional angle, α, through the
behavior within oligodeoxynucleotide (ODN) of a couple of
α,β-D-CNA diastereoisomers featuring either canonical or
noncanonical α/β combination [62]. As shown previously
(Scheme 1 and Table 1), (SC5′ , RP) and (RC5′ , SP) α,β-D-
CNA derivatives 5 and 9 can be easily prepared and their
structural assignment showed that the (RC5′ , SP) α,β-D-CNA
9 exhibited a canonical value set (gauche(−), trans) for α
and β, whereas its diastereoisomer (SC5′ , RP) α,β-D-CNA
5 differed only on the α value which was changed to the
gauche(+) conformation while maintaining β in the trans
configuration. Therefore, we dispose of a unique couple of
modified nucleotides that will give us new insight on the
impact of backbone preorganization either in the B-type
duplex geometry or with a strong torsional stress applied on
α corresponding to that observed in DNA/protein complex
or in unpaired secondary structures such as hairpin or
bulges.

A molecular dynamic simulation has been run on
dA10/dT10 duplex whether modified or not with one TT step
constrained with (RC5′ , SP) or (SC5′ , RP) α,β-D-CNA denoted
as ODNref, ODNgm, and ODNgp, respectively (Figure 6)
[63]. This study gave us two main results: compared to
unmodified duplex the structure seems to accommodate the
canonical restraint on α with a straightness of the double-
helix whereas the gauche(+) conformation induced a bend
without loss of the Watson-Crick base pairing. Therefore,
these observations let us speculate that controlling the
torsion of an ODN into its B-type canonical form should
enhance the duplex formation ability, whereas displacing it

Table 2: Sequences and melting temperatures of CNAgm contain-
ing duplexes.

Entry Sequencea Tm
b (◦C) ΔTm (◦C)

1
5′-GCGTTTTTTGCT-3′

3′-CGCAAAAAACGA-5′
49.0 —

2
5′-GCGTTTxTTTGCT-3′

3′-CGCAAAAAACGA-5′
55.0 +6.0

3
5′-GCGTTTxTTxTGCT-3′

3′-CGCAAAAAACGA-5′
59.0 +10.0

4
5′-GCGTxTTxTTxTGCT-3′

3′-CGCAAAAAACGA-5′
64.0 +15.0

5
5′-GCAAAAACTTGC-3′

3′-CGTTTTTGAACG-5′
48.0 —

6
5′-GCAAAAACTxTGC-3′

3′-CGTTTTTGAACG-5′
53.2 +5.2

7
5′-GCAAAAACTTGC-3′

3′-CGTTTTxTGAACG-5′
52.2 +4.2

8
5′-GCAAAAACTTGC-3′

3′-CGTTTxTTGAACG-5′
54.3 +6.3

9
5′-GCAAAAACTTGC-3′

3′-CGTTxTTTGAACG-5′
53.4 +5.4

10
5′-GCAAAAACTTGC-3′

3′-CGTxTTTTGAACG-5′
52.4 +4.4

11
5′-GCAAAAACTxTGC-3′

3′-CGTTTTxTGAACG-5′
55.9 +7.9

12
5′-GCAAAAACTxTGC-3′

3′-CGTTTxTTGAACG-5′
56.4 +8.4

13
5′-GCAAAAACTxTGC-3′

3′-CGTTxTTTGAACG-5′
57.6 +9.6

14
5′-GCAAAAACTxTGC-3′

3′-CGTxTTTTGAACG-5′
57.8 +9.8

a
TxT: (RC5′ , SP) α,β-D-CNA TT (CNAgm) within the strand. bUV melting

experiments were carried out in sodium phosphate buffer (10 mM, pH 7.0)
containing NaCl (100 mM) and EDTA (1 mM).

to around +70◦ might result in the formation of localized
distortion able to stabilize unpaired conformations.

Interestingly, analysis of the atomic fluctuations derived
from these simulations indicated that in ODNgm all of these
fluctuations were diminished in both strands which could
be indicative of a potential duplex stabilisation, whereas in
ODNgp they were unchanged compared to those observed
in ODNref.

Therefore, we investigated the behavior of α,β-D-CNA
within ODNs by thermal denaturation studies by means of
UV experiments. Selected results are reported in Table 2 for
(RC5′ , SP) α,β-D-CNA (denoted to as CNAgm), in Table 3 for
a comparative study between (RC5′ , SP) and (SC5′ , RP) α,β-
D-CAN, and in Table 4 for hairpin structures stabilisation by
(SC5′ , RP) α,β-D-CNA (denoted to as CNAgp).

All the ODNs containing D-CNA were obtained by
automated synthesis according to the phosphoramidite
methodology. The phosphoramidite building blocks of (RC5′ ,
SP) and (SC5′ , RP) α,β-D-CNA were synthesized by con-
ventional method and their incorporation within ODNs
occurred similarly to standard phosphoramidite with no
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(a) (b) (c)

Figure 6: Side and top views of B-type duplex produced by molecular dynamics simulations, the double-helix axes are outlined in green. (a)
Unmodified dA10/dT10 ODNref, (b) dA10/dT4TxTT4 ODNgm with TxT = (RC5′ , SP) α,β-D-CNA TT, or (c) ODNgp with TxT = (SC5′ , RP)
α,β-D-CNA TT.

change in automated synthesis protocols but with a smooth
deprotection in ammonia at room temperature.

The introduction of a canonical constraint within ODN
resulted in a remarkable stabilizing effect on duplex formed
with DNA counterparts (ΔTm = +5.0 ± 1◦C/mod, Table 2,
entries 2, 6–10) [64]. These increases in Tm values are
insensitive to salt concentration suggesting that the effects
observed were primarily conformational rather than electro-
static. Thus, CNAgm represents a rare example of con-
strained nucleotide that significantly increases the hybridiz-
ing properties of ODNs without forcing the sugar pucker
into the C3′-endo conformation, demonstrating that the
preorganization concept can also be successfully applied
to other torsional angles than those involved in the sugar
moiety puckering. The ability of CNAgm to adapt to the B-
conformation of the double-helix is outlined by its additive
stabilizing effect (entries 2–4) when included in the same
strand and also when the two strands are modified with one
CNAgm, with a maximum effect when constraints were close
to the 3′-ends preventing end frying (entries 11–14).

It is noteworthy that a rather moderate effect was
observed with RNA counterparts (ΔTm = +0.9 to
+3.0◦C/mod), which could originate from the reluctance of
the upstream-furanose unit of the α,β-D-CNA to undergo
a significant conformational change from 2′-endo to 3′-
endo in the hybrid duplex DNA/RNA due to the loss of the
internucleotidic negative charge.

On the other hand, when we prepared sequences either
modified by CNAgm or by CNAgp we were able to have
insight on the cost in terms of thermal stability of a dramatic
change of restraint on α from gauche(−) to gauche(+). As
expected, incorporation of CNAgp featuring noncanonical
(gauche(+), trans) α/β combination resulted in an important
loss in duplex stability (−4.2◦ to −13.6◦C/mod, Table 3)
depending on the sequence length and composition. Short

decamer and rather unstable oligothymidilate exhibited the
higher destabilized level (entries 1–3) while increasing the
size to 18-mer (entries 4–10) and 24-mer (entries 11, 12)
modulated the impact of the gauche(+) restraint around
−5 ± 1◦C/mod and also minimized the positive effect on
duplex formation ability of CNAgm from +5 ± 1◦C/mod
to +1 ± 1◦C/mod. We showed that regardless of the type
of restriction applied to ODN a high level of sequence
discrimination was maintained as natural duplexes do.

Interestingly, exceptions in the destabilization effect
of CNAgp (entries 6 and 13) and in the positive
impact of CNAgm (entry 13) appeared. However, the first
sequence is hemipalindromic and the second is fully self-
complementary. Therefore, they can exist either as duplex
or as hairpin structure. A further experiment showed that
the observed transitions were indeed a combination of
melting temperature from equilibrium made of high hairpin
transition and lower duplex melting. In the case of the Drew-
Dickerson sequence (entry 13), CNAgm was able to displace
the equilibrium in favor of the duplex, whereas CNAgp
displaced it to the hairpin structure because constraint was
imposed within the loop.

In order to emphasize the effect of stabilization of
unpaired region of secondary nucleic acids structure by
CNAgp, we engaged the synthesis of modified T4 loop within
hairpin that could differ in their stem composition and
especially in the AT or CG loop-closing base pair (Table 4)
[65].

In a hairpin, which is a single-stranded structure, the
sugar/phosphate backbone orientation is reversed by means
of the loop moiety. The necessary torsional stress is not
spread throughout all the loop constituents but ensured by
a sharp-turn position called the “turning phosphate” that
displays a gauche(+) transition of α torsional angle [66].
Therefore, it was tempting to speculate that CNAgp could
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Table 3: Comparison of melting temperatures of CNAgm or CNAgp containing duplexes.

Entry Sequencea Tm
b ◦C (ΔTm

◦C)

x = PO2
− x = CNAgm x = CNAgp

1 dA14/dT4TxTT4 24.2 30.1 (+5.9) 10.5 (−13.7)

2 dA14/dT6TxTT6 35.0 38.1 (+3.1) 24.0 (−11.0)

3
5′-GCGCTxTGCCG-3′

3′-CGCGAACGGC-5′
53.0 58.0 (+5.0) 44.0 (−9.0)

4
5′-ACATTxTGAAATGCAAATG-3′

3′-TGTAAACTTTACGTTTAC-5′
49.0 52.0 (+3.0) 44.1 (−4.9)

5
5′-ACATTTGAAATGCAAATG-3′

3′-TGTAAACTTTACGTxTTAC-5′
49.0 54.9 (+5.9) 43.3 (−5.7)

6
5′-ACATTTGAAATGCAAATG-3′

3′-TGTAAACTxTTACGTTTAC-5′
49.0 54.5 (+5.5) 49.0 (0.0)

7
5′-CTCATGAATATGCAAATC-3′

3′-GAGTACTTATACGTxTTAG-5′
52.4 55.0 (+2.6) 47.2 (−5.2)

8
5′-CTCATGAATATGCAAATC-3′

3′-GAGTACTxTATACGTTTAG-5′
52.4 56.5 (+4.1) 47.6 (−4.8)

9
5′-TGCTCAGTAAATAATGCA-3′

3′-ACGAGTCATTTATxTACGT-5′
55.6 59.0 (+3.4) 49.3 (−6.3)

10
5′-TGCTCAGTAAATAATGCA-3′

3′-ACGAGTCATxTTATTACGT-5′
55.6 58.8 (+3.2) 49.6 (−6.0)

11
5′-ATCTCATTTGAAATGCAAATGGAA-3′

3′-TAGAGTAAACTTTACGTxTTACCTT-5′
57.9 59.3 (+1.4) 53.5 (−4.4)

12
5′-TGTCTCATGAATATGCAAATCACA-3′

3′-ACAGAGTACTTATACGTxTTAGTGT-5′
59.9 61.3 (+1.4) 55.7 (−4.2)

13
5′-CGCGAATxTCGCG-3′

3′-GCGCTxTAAGCGC-5′
62.0c 58.0 (−4.0)c 27.0 (−35.0)

82.0 (+20.0)
a
TxT : modified TT within the strand. bUV melting experiments were carried out in sodium phosphate buffer (10 mM, pH 7.0) containing NaCl (100 mM)

and EDTA (1 mM). cOnly one transition observed.

play the role of a preorganized “turning phosphate” and as a
consequence could induce hairpin stabilization [67]. CNAgp
was installed in all the possible positions within the loop,
and the thermal stabilities were evaluated by UV melting
curves analysis. In the case of T4-looped hairpin structures
with AT closing base pair, the central position was best suited
for CNAgp (Table 4, entry 3 versus 2, 4, and 5) with a
maximum in ΔTm of +3.0◦C. However, if a constraint in
the middle of the loop helped the hairpin folding, when
installed at the 3′-end of the loop, CNAgp strongly was
destabilized by −7.0◦C (entry 5). Remarkably, with CG
closing base pair, CNAgp behaves as a stabilizing analogue
in any position within the loop (entries 6–9). Indeed, circular
dichroism experiments showed that when CNAgp was placed
in the middle of the loop (entry 8), the stem structure
was not altered, whereas when located in 3′-end region a
stem rearrangement occurred that could participate to the
stabilization enhancement observed (entry 9). Similar results
were depicted for T5-looped hairpin structures with ΔTm up
to +5.0◦C [68].

Eventually, we showed that the two diastereoisomers of
α,β-D-CNA featuring a fixed torsional angle alpha either
in the B-type canonical value gauche(−) or in atypical
gauche(+) conformation are powerful building blocks allow-
ing high level of duplex or hairpin stabilization as expected
according to the preorganization concept. This is evidence

that controlling the sugar/phosphate backbone not only in
terms of sugar puckering is a promising approach toward the
control of nucleic acids secondary structures.

8. Conclusions

The development of nucleotides analogues, for the purpose
of mimicking nucleic acids secondary structures, started
with the pioneering work of Sekine with his approach
toward U-turn loop, and then the design of conformationally
constrained nucleotides grew up through the Nielsen’s ring-
closing metathesis pathway. Finally, the introduction of
dioxaphosphorinane element at key positions along the
sugar/phosphate backbone proved to be a rational concept
to gain control on torsional angle sets. We have synthesized
most of the possible members of the D-CNA family; all this
structural units provide control on α to ζ torsional angle
associated with a broad range of backbone conformations.
Interestingly, the dioxaphosphorinane ring structures within
D-CNAs are reasonably stable towards the oligonucleotide
synthesis conditions according to a special care during the
final deprotection step and are especially inert towards enzy-
matic degradation such as snake venon phosphodiesterase
[69] as expected for phosphotriesters [70]. As a consequence,
they are potential elements for the elaboration of synthetic
nucleic acids with programmable folding and stability either
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Table 4: Thermal melting temperatures (◦C) of CNAgp within
hairpin structures.

Entry Sequence (5′-3′)a Tm (◦C)b ΔTm (◦C)

1 ATCCTATTTTTAGGAT 52.0 —

2 ATCCTATxTTTTAGGAT 53.0 +1.0

3 ATCCTATTxTTTAGGAT 55.0 +3.0

4 ATCCTATT TxTTAGGAT 50.0 −2.0

5 ATCCTATTTTxTAGGAT 45.0 −7.0

6 AGGATCCTTTTGGATCCT 74.0 —

7 AGGATCCTxTTTGGATCCT 75.3 +1.3

8 AGGATCCTTxTTGGATCCT 77.5 +3.5

9 AGGATCCTTTxTGGATCCT 76.7 +2.7
a
TxT denotes an (SC5′ ,RP) α,β-D-CNA-modified TT dinucleotide

(CNAgp) and italic character denotes loop nucleotide. Underlined bases
indicate the loop-closing base pair. bMelting temperatures (Tm values) were
measured as the maximum of the first derivate of the UV melting curve
(OD260 versus temperature, 20–90◦C, 0.5◦C/min) which was recorded at
concentration around 5 μM in sodium phosphate buffer (10 mM, pH 7.0)
containing NaCl (100 mM) and EDTA (1 mM).

in the double-helix or in the unpaired secondary structures.
As a proof of concept, we demonstrated that relying on the
restrain applied within oligodeoxynucleotides by means of
α,β-D-CNA, high level of duplex formation ability or hairpin
stabilization could be achieved. Therefore, at least with these
leading components of the family, torsional stress applied to
the sugar/phosphate backbone could be used in probing the
necessary flexibility, or in contrary rigidity, of the nucleic
acids architecture during the interaction with ligands or
biomacromolecules. However, D-CNAs can be seen as a new
alphabet for the conception of shape-defined nucleic acids,
and if ten years ago C. Leumann [71] concluded a review
by “a large field that has not yet been tapped is the use of
conformationally constrained nucleosides for the stabilization
of secondary structural elements as, for example hairpin loops
and bulges,” there is still a long way before being able to
properly address the use of each member of the family and
to understand or predict the behavior of D-CNA within
nucleic acids. Nevertheless, this new kind of nucleotide
analogues could be the basis for the development of synthetic
oligonucleotides for the modulation of protein/nucleic acids
complex formation [72].
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[30] I. Le Clézio, J.-M. Escudier, and A. Vigroux, “Diastereose-
lective synthesis of a conformationally restricted dinucleotide
with predefined α and β torsional angles for the construction
of α,β-constrained nucleic acids (α,β-CNA),” Organic Letters,
vol. 5, no. 2, pp. 161–164, 2003.
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Aptamers are single-stranded oligonucleotides that bind to targets with high affinity and selectivity. Their use as molecular
recognition elements has emerged as a viable approach for biosensing, diagnostics, and therapeutics. Despite this potential,
relatively few aptamers exist that bind to small molecules. Small molecules are important targets for investigation due to their
diverse biological functions as well as their clinical and commercial uses. Novel, effective molecular recognition probes for these
compounds are therefore of great interest. This paper will highlight the technical challenges of aptamer development for small
molecule targets, as well as the opportunities that exist for their application in biosensing and chemical biology.

1. Aptamers as Molecular Recognition Elements

Historically, nucleic acids were associated with the storage
and genetic coding of information and have long been
thought to be less complex than proteins [1]. However, like
proteins, nucleic acids are able to fold into intricate tertiary
structures that have the potential to perform a variety of
functions including gene-regulation, catalytic activity and
ligand-binding [2]. Interest in these so-called “functional”
nucleic acids was prompted by the ever-increasing number of
discoveries of non-coding ribonucleic acids (RNAs) display-
ing catalytic or binding properties [2].

Two decades ago, several researchers revolutionized
molecular recognition by developing synthetic RNA motifs
that bound specifically to molecular targets [3–5]. These
RNA structures, called aptamers, were selected using an
in vitro selection procedure called systematic evolution of
ligands by exponential enrichment (SELEX) [3]. Like anti-
bodies, these synthetically derived molecular recognition
probes were found to be selective and able to bind to their
targets with high affinity.

Currently, there is a growing need for rapid, robust, and
inexpensive methods for sensing and diagnostic purposes
[6]. As molecular recognition is the cornerstone of sensing,

there has been increased focus on the development of
new molecular recognition probes for sensing applications
[7]. While antibodies have long been considered to be the
standard in molecular recognition and the use of antibodies
as recognition probes predates the 1950s, the relatively
new technology of aptamers offers several advantages [8].
Firstly, the in vitro aptamer selection process allows a greater
control over aptamer binding conditions. Nonphysiological
salt concentrations, temperatures and pH can be used in
successful selections [9]. Due to the robustness of the phos-
phodiester backbone, aptamers can exhibit an improved
stability over their protein-based antibody counterparts. In
particular, aptamers can be reversibly denatured by changing
the surrounding conditions. For example, a change in pH,
temperature, ionic strength, or use of denaturants irreversi-
bly denatures antibodies, while aptamers simply unfold.
The aptamer structure can then regain functionality upon
return of the original binding conditions [6]. Due to the
nucleic acid nature of aptamers, they bind to complementary
nucleic acids as well as their targets, which can be exploited
in sensing schemes or as “antidotes” in vivo. Aptamer
generation has been achieved for a wide variety of targets
including small molecules [10], proteins [11], viruses [12],
and whole cells [13]. Unlike antibodies, aptamers can also
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be generated for targets that are toxic as well as for targets
that do not elicit an immune response in vivo [8]. Once
selected, aptamers are manufactured using well-established
automated chemical solid-phase synthesis [14, 15]. The
accuracy and reproducibility of this procedure allows for a
relative ease in producing aptamers at large scales, with very
little batch-to-batch variation in activity [16]. Additionally,
aptamer sequences can be modified with reporter molecules
throughout this solid-phase synthesis; this allows for labeling
at judiciously chosen nucleotide positions to minimize any
effect on the functionality of the aptamer [17, 18].

Aptamers also offer advantages over other synthetically
created molecular recognition systems such as molecular
imprinted polymers (MIPs). While MIP synthesis can be
simple and cheap, and the resulting MIPs are unaffected by
changes in heat and pH [19], MIPs typically display high
cross-reactivity [20] and are not particularly amenable to
chemical modifications.

Of course, aptamers are not without their disadvantages.
Unlike antibodies or MIPS, their tertiary structure is highly
dependent on solution conditions, and they are easily deg-
raded in blood. Furthermore, antibodies have a significantly
higher chemical diversity with 20 amino acids. However,
some of these problems can be addressed, for example,
through chemical modifications to increase nuclease resis-
tance or increase the diversity of the nucleic acid pools.

1.1. Systematic Evolution of Ligands by Exponential Enrich-
ment (SELEX). The concept of in vitro evolution was first
reported in the 1960s with the observation that, in a cell-
free system, the RNA genome of the Qβ bacteriophage could
be evolved during replication to form RNAs that were more
efficiently copied by the viral replicase [21]. Later, they were
able to evolve sequences for other traits such as resistance
to ethidium bromide [22]. Despite the importance of these
early discoveries, however, the true potential of in vitro
evolution was not realized until several decades later, after
the introduction of modern biotechnological advances such
as the invention of polymerase chain reaction (PCR), the
isolation of reverse transcriptase and the ability to generate
long oligonucleotides containing random nucleotide regions
using solid-phase synthesis. Equipped with these modern
techniques, in 1990, three separate groups reported in vitro
selection and evolution of functional nucleic acids [23].
Tuerk and Gold [3] used the term SELEX for their process of
selecting RNA ligands against T4 DNA polymerase; Ellington
and Szostak [4] performed in vitro selection to select RNA
ligands (for which they coined the term “aptamers”) against
various organic dyes; Robertson and Joyce [5] evolved the
Tetrahymena self-splicing intron to carry out a DNA cleavage
reaction.

Since its invention, several researchers have performed
SELEX to isolate nucleic acids with a wide variety of
functions. While several modifications of the procedure have
been made by various groups, the general SELEX process
remains the same (Figure 1 shows the process for DNA
aptamers). Typically, SELEX begins with an initial library
(often referred to as “a pool”) of random nucleic acid
sequences (either RNA or DNA depending on the nature

ssDNA library

sequences and isolation of 

Incubation with 
target of interest

nonspecific
sequences

Removal of

PCR amplification of selected 

ssDNA from PCR product

Figure 1: The systematic evolution of ligands by exponential enri-
chment process (SELEX). Beginning with a large library of DNA,
iterative cycles of target incubation, library partitioning, and ampli-
fication are performed to select aptamers.

of the research). SELEX libraries ideally consist of 30–80
random nucleotide positions flanked by primer-binding sites
necessary for PCR amplification [24]. The library is then
incubated with the target of interest and several washing
steps are employed to remove nonfunctional sequences. For
small molecule targets, the target is usually immobilized onto
a solid-support matrix to permit partitioning of binding and
nonbinding sequences [25]. The next steps in SELEX include
the elution of the binding sequences from the target and
the polymerase chain reaction (PCR) amplification (reverse
transcription PCR for the RNA aptamers) of those binding
sequences to yield an enriched library for subsequent, more
stringent, selection rounds [10]. As the interactions that
lead to molecular recognition between the binding sequences
and the target are noncovalent in nature, mild conditions
can be used to separate the two species. Elution using heat,
high concentrations of the target molecule, or chaotropic
agents, such as urea, can be performed. The strength of the
molecular interactions within the target-aptamer complex
will dictate the conditions required for elution [7].

Once separated from the target, the few binding DNA
sequences are amplified by PCR to yield a practical amount
of sample to continue the process. As PCR generates double-
stranded DNA and aptamers are single stranded, the DNA
aptamer sequence is separated from its complement using
one of a number of techniques, such as gel electrophoresis
or using an agarose resin [26, 27]. Single-stranded RNA
aptamers are generated from the double-stranded DNA PCR
products by in vitro transcription [10], thus no further
processing is required before reintroduction of an enriched
RNA pool into the next SELEX round.

SELEX progress can be monitored by modifying the
aptamer strand with a traceable label, to determine when
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more stringent conditions should be applied [28]. The
enriched library generated from a round of selection is
subjected to further selection rounds that serve to increase
the affinity of the library for the target molecule (positive
selections). After several rounds, the enriched library is
cloned, sequenced and characterized to isolate aptamers with
the desired properties. Once these sequences are elucidated,
solid-phase chemical synthesis is used to reproducibly syn-
thesize aptamers in large quantities.

1.2. Adaptations to the SELEX Process. An enormous advan-
tage of SELEX is its flexibility with respect to methodology,
binding conditions and library design. The first SELEX mod-
ifications introduced the inclusion of negative or counter
selection steps to eliminate sequences displaying affinity
for either the solid-support matrix or compounds sharing
structural similarity to the target. The majority of more
recent SELEX modifications involve changing the stringency,
the platform on which selection is performed or the type
of target [29, 30]. The library used in the selection can also
be modified to include fixed regions of known functionality
or increase the diversity of structures available for selection
either through initial pool design [28, 31, 32], or by inclusion
of mutagenic PCR to alter the pool from round to round
[33]. The SELEX process has also been automated by several
groups [34–36]. Table 1 lists several modifications to the
original SELEX process. Regardless of whether the listed
SELEX modifications involved changes to target immobiliza-
tion, nucleic acid library, selection stringency, amplification,
or monitoring of the enrichment, the goal of these changes
was to either generate improved aptamers or to simplify the
SELEX procedure.

2. SELEX Targets

As can be noted from Figure 2, less than a quarter of existing
aptamers have been generated for small molecule targets.
With the success of the first in vitro selection experiments
to small organic dyes [4], much of the original SELEX focus
was on developing aptamers for small molecules. However,
once it was found that aptamers could be easily selected for
proteins and cells, new aptamers for small molecules became
less prevalent. These larger targets, containing more func-
tional groups and structural motifs, give a higher probability
of finding sequences that can interact with the target via
hydrogen bonds, electrostatic interactions, and hydrophobic
interactions [6].

2.1. Small Molecule-Binding Aptamers. Despite this trend
towards larger targets, there are many compelling reasons for
pursuing the identification of new small molecule-binding
aptamers. Small molecules play key roles in many biological
processes due to their ability to diffuse across cell membranes
[37]. These targets may be harmful, such as toxins and
carcinogens, or beneficial, such as drugs or nutrients. In cells,
small molecules serve as cell signaling molecules, pigments,
or as part of defense mechanisms [38]. In molecular biology,
they can be used as antibiotics or other important drugs

7% 3%

19%

71%

Cell 
Virus 

Small molecule 
Protein 

Figure 2: Breakdown, by target type, of aptamers selected between
1990 and 2011. This list was generated using the Aptamer Base [41]
http://aptamerbase.semanticscience.org/ (accessed July 9, 2012)
(accessed July 9, 2012).

[39]. In the food industry, small molecules are important
for energy storage or can act as pesticides [40]. Aptamers for
small molecules may be applied to a wide variety of applica-
tions in medicine, agriculture, and environmental analysis.
Tables 2 and 3 list the small molecule targets for which DNA
and RNA aptamers, respectively, have been characterized.

2.2. Conceptual Challenges for Small Molecule Aptamers.
Although they represent a minor proportion of all aptamers,
small molecule-binding aptamers are among the most
successful and widely studied aptamers in the literature. For
example, the ATP aptamer is second only to the thrombin
aptamer in terms of the number of publications using the
sequence in an aptamer-based assay, sensor, or biosensor in
the last ten years. The cocaine and theophylline aptamers
are the fifth and seventh most frequently used aptamers for
biosensing, respectively [42]. It has already been described
that aptamers are ideal molecular recognition probes for
small molecules [8, 43], based on their ability to achieve a
remarkably high degree of selectivity. The first example of
this unparalleled selectivity was observed in 1994, when the
selected RNA aptamer for theophylline displayed a 10,000
times weaker binding affinity to caffeine, a xanthine that dif-
fers by a single methyl group. This selectivity was found to be
a 10-fold improvement on the selectivity for the antibodies
for these targets [44]. Several groups have also exploited the
ability of aptamers to distinguish between small molecule
enantiomers [45]. Initially, several RNA aptamers displayed
partial discrimination between various L and D amino acids
[46, 47]. Then, in 1996, Geiger et al. [48] reported the
selection of RNA aptamers that bound to L-arginine with
high affinity and enantioselectivity. More recently, enan-
tioselective DNA aptamers have been selected for the small
molecule drug (R)-thalidomide [49] and separate aptamers
have been identified for (S) and (R)-ibuprofen [50].

One possible explanation for the scarcity of new small
molecule aptamers is the impression that aptamers cannot
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Table 1: A list of modifications to the SELEX process and their descriptions.

Method Description Reference

Atomic force microscopy
(AFM)-SELEX

AFM-SELEX uses a dynamic atomic force microscopy tip to pick up and visualize aptamer-target
complexes. This SELEX requires only one round of selection.

[99]

Automated SELEX This SELEX uses automated systems for the procedure to reduce the time and labour required. [34]

Blended SELEX

In this technique, a lead chemical compound is attached covalently or non-covalently to a nucleic
acid library. Each nucleic acid conjugate in the starting library is a variant of the chemical
compound moiety and allows up to 1015 variants of the small molecule to be screened for the most
active of these composite assemblies.

[100]

Cell-SELEX

Cell-SELEX generates aptamers that can bind specifically to a cell of interest. Commonly, a cancer
cell line is used as the target to generate aptamers that can differentiate that cell from other cancers
or normal cells.

[101]

Capillary electrophoresis
(CE)-SELEX

The separation of bound and nonbound oligonucleotides is performed using capillary
electrophoresis.

[102]

Chimeric SELEX

Chimeric SELEX uses two or more different oligonucleotide libraries for production of chimeric
aptamers with more than one wanted feature or function. Each of the parent libraries will be
selected first to a distinct feature; the resulting aptamers are then fused together.

[103]

Conditional SELEX
This SELEX uses regulator molecules during the selection, thus, allowing aptamer binding to the
target to be regulated.

[104]

Counter selection/
subtractive SELEX

This technique employs additional rounds of SELEX to remove sequences that bind to similar target
structures.

[44]

Covalent/ Crosslinking
SELEX

This process is used to select aptamers that contain reactive groups which are capable of covalent
linking to a target protein.

[105]

Deconvolution SELEX

Deconvolution SELEX is used to generate aptamers for complex targets. Typically selection is
performed on mixtures (or a cell). Once aptamers have been generated, a second part of SELEX
involves discriminating which aptamers bind to which parts of the complex mixture.

[106]

Electrophoretic mobility
shift assay
(EMSA)-SELEX

The partitioning step of SELEX occurs through the use of electrophoretic mobility shift assay
(EMSA) at every round.

[107]

Expression cassette
SELEX

This is a special form of blended SELEX that involves transcription factors and optimizes aptamer
activity for gene therapy applications.

[108]

Fluorescence-activated
cell sorting (FACS)
SELEX

This SELEX makes use of fluorescence-activated cell sorting to differentiate and separate
aptamer-bound cells.

[59]

FluMag SELEX
Here the library is modified with fluorescein instead of radiolabels for quantification purposes.
Additionally, the target is immobilized to magnetic beads instead of agarose.

[109]

Genomic SELEX
The SELEX library is constructed from an organism’s genome and target proteins and metabolites
from the same organism are used to elucidate meaningful interactions.

[110]

In vivo SELEX
In vivo SELEX uses transient transfection in an iterative procedure in cultured vertebrate cells to
select for RNA-processing signals.

[111]

Indirect SELEX
The target used in the selection is not the aptamer binder; however, it becomes required for aptamer
binding to the new target.

[112]

Mod-SELEX
Mod-SELEX uses a library of oligonucleotides with chemical substitutions that result in
nuclease-resistant aptamers.

[113]

Multivalent aptamer
isolation (MAI) SELEX

This process is used to generate aptamer pairs for a given target. [114]

Microfluidics SELEX
This SELEX uses microfluidic technologies, creating an automatic, and miniature SELEX platform
for fast aptamer screening. [115, 116]

Monolex
Monolex involves a single affinity chromatography step, followed by physical segmentation of the
affinity material, to obtain the highest affinity aptamers.

[117]



Journal of Nucleic Acids 5

Table 1: Continued.

Method Description Reference

Multiplexed
massively
parallel SELEX

This allows analysis of large numbers of transcription factors in parallel through the use of
affinity-tagged proteins, bar-coded selection oligonucleotides, and multiplexed sequencing.

[118]

Multi-stage
SELEX

Multistage SELEX is a modified version of chimeric selex. Here, the fused aptamer components then
go through an additional selection with all the targets.

[119]

Negative
selection

An additional step, performed typically at the beginning of selection, removes sequences that have
an affinity for the selection matrix.

[48]

Next generation
SELEX

This SELEX uses designed oligonucleotide libraries that tile through a pre-mRNA sequence. The
pool is then partitioned into bound and unbound fractions, which are quantified by a two-color
microarray.

[120]

Non-SELEX
(NCEEM)

This process involves repetitive steps of partitioning with no amplification steps. [121]

Photo SELEX
Aptamers bearing photo-reactive groups that can photo cross-link to a target and/or photo activate a
target molecule are used.

[122]

Primer-free
SELEX

This SELEX involves removal of the primer-annealing sequences from the library prior to selection,
preventing unwanted primer-based secondary structures.

[123]

Serial analysis of
gene expression
(SAGE) or high-
throughput
SELEX

SAGE SELEX links oligomers from SELEX with longer DNA molecules that can be efficiently
sequenced.

[124]

Spiegelmer
technology

The aptamer selection is performed with the natural D-nucleic acids but on the opposite
enantiomer of the chiral target molecule. After sequencing, the aptamers are synthesized as
L-isomers for binding to the desired enantiomer of the target.

[125]

Slow off-rate
modified
aptamers
(SOMAmer)

The selection is performed with oligonucleotide libraries that are uniformly functionalized at the
5′-position resulting in high-quality aptamers.

[28]

Tailored SELEX
This is an integrated method to identify aptamers with only 10 fixed nucleotides through ligation
and removal of primer binding sites within the SELEX process.

[126]

Target expressed
on cell surface
(TECS) SELEX

Recombinant proteins on the cell surface are used directly as the selection target. [127]

Tissue-SELEX This method is for generating aptamers capable of binding to tissue targets. [106]

Toggle-SELEX The selection is performed on different targets in alternating rounds. [128]

Yeast Genetic
SELEX

This method optimizes in vitro selected aptamers by creating a library of degenerate aptamers and
performing a secondary selection in vivo using a yeast three (one)-hybrid system.

[129]

bind these smaller targets with the high affinity required
for most sensing applications. Work by Carothers et al.
attempted to determine the effect of target structure and size
on binding affinity [51]. Using aptamers for 6 small molecule
targets from the literature, as well as aptamers obtained
from his own selections for two other small molecules,
Carothers determined that the target molecular weight was
proportional to the resulting aptamer affinity (larger targets
resulted in lower Kd values). This finding was consistent
with the findings of other studies between affinity and target
mass [52]. However, the target theophylline which has a
very small mass (180 g/mol) did not follow this general
trend. It was therefore concluded that targets with fewer
rotatable bonds, and therefore fewer degrees of freedom,

can result in improved aptamer affinity. Nevertheless, while
many aptamers that bind to small molecule targets display
affinities in the low to mid micromolar range, there are
several aptamers that have recently been isolated with Kd

values in the low nanomolar range (e.g., BPA [53] and
oxytetracycline [54]). Furthermore, riboswitches, which are
widely considered as containing “natural aptamers,” bind
exclusively to small molecules and ions, and several of
these display remarkably strong binding. For example, the
guanine riboswitch has a Kd of 5 nM [55] and the thiamine
pyrophosphate-sensing riboswitch has an affinity in the
picomolar range [56]. The glycine riboswitch is particularly
noteworthy for its ability to selectively bind to one of the
smallest target of any natural or artificial aptamer [57].
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Table 2: A listing of DNA aptamers reported in the open literature∗ (up until July 2012) that have been confirmed to bind to small molecule
targets. The dissociation constant (Kd), a measure of binding affinity, is included as well as the year of aptamer development.

Target Binding affinity (Kd) Year Reference

Reactive green 19 33 μM 1992 [130]

Adenosine monophosphate and adenosine triphosphate 6 μM 1995 [131]

L-arginine 2.5 mM 1995 [132]

L-argininamide 0.25 mM 1995 [132]

Anionic porphyrins 0.4–4.9 μM 1996 [88]

Sulforhodamine B 190 nM 1998 [61]

Cellobiose 600 nM 1998 [133]

7,8-dihydro-8-hydroxy-2′-deoxyguanosine 270 nM 1998 [134]

Cholic acid 5–67.5 μM 2000 [135]

Hematoporphyrin 1.6 μM 2000 [136]

L-tyrosinamide 4.5 μM 2001 [137]

Sialyllactose 4.9 μM 2004 [138]

Ethanolamine 6–19 nM 2005 [139]

(R)-thalidomide 1 μM 2007 [49]

Hoechst derivative 7e 878 nM 2007 [140]

17β-estradiol 0.13 μM 2007 [141]

Lys-Arg-Azobenzene-Arg 0.33 μM 2007 [142]

Tetracycline 64 nM 2008 [143]

L and D arginine 580–810 μM 2008 [144]

Daunomycin 10 nM 2008 [145]

Oxytetracycline 10 nM 2008 [54]

Ochratoxin A 200 nM 2008 [26]

Dopamine 700 nM 2009 [146]

8-hydroxy-2′-deoxyguanosine 100 nM 2009 [147]

Diclofenac 42.7–166.34 nM 2009 [148]

(S) and (R)-ibuprofen 1.5–5.2 μM 2010 [50]

Adenosine triphosphate 3.7 μM 2010 [31]

Fumonisin B1 (FB1) 100 nM 2010 [7]

Acetamiprid 4.98 μM 2011 [149]

Kanamycin 78.8 nM 2011 [150]

L-tryptophan 1.757 μM 2011 [151]

Bisphenol A 8.3 nM 2011 [53]

Ochratoxin A 96–293 nM 2011 [152]

Phenylphosphonic dichloride >50 μM 2011 [153]

Organophosphorus pesticides (phorate, profenofos, isocarbophos and omethoate) 0.8–2.5 μM 2012 [154]

Polychlorinated biphenyls (PCB77) 4.02, 8.32 μM 2012 [155]

Polychlorinated biphenyls (PCB72 and PCB106) 60–100 nM 2012 [156]

Ampicillin 9.4–13.4 nM 2012 [157]
∗Only aptamer sequences that have experimentally determined Kd values were included in this table.

Nature’s effectiveness at developing small molecule aptamers
should provide an indication that there is considerable
untapped potential in this field.

In the early 1990s, in an effort to promote the power
of SELEX, numerous papers and reviews boasted that in
vitro selection is facile, inexpensive, and fail-safe, which may
have contributed to little interest in publications for new
selections. On the contrary, SELEX can be very laborious
and it has been estimated that less than 30% of selections
result in aptamers [28]. Additionally, patents for virtually
every application of aptamers have placed a stranglehold
on aptamer innovation [58]. As a result, very few research

groups have chosen to invest the time and expense to
develop aptamers for new small molecule targets, especially
considering the unique technical challenges that arise when
selecting for small molecule binding aptamers, as is discussed
in the next section.

3. Technical Challenges for
Small Molecule Aptamers

3.1. Target Immobilization. The separation of target-bound
sequences from those with no affinity for the target is a
critical step in the SELEX process. For protein targets,
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Table 3: A listing of RNA aptamers reported in the open literature∗ (up until July 2012) that have been confirmed to bind to small molecule
targets. The dissociation constant (Kd), a measure of binding affinity, is included as well as the year of aptamer development.

Target Binding affinity (Kd) Year Reference

Organic dyes 100–600 μM 1990 [158]

D-tryptophan 18 μM 1992 [46]

L-valine 2.9 mM 1994 [159]

Theophylline 100 nM 1994 [44]

Cyanocobalamin 88 nM 1994 [160]

L-citrulline 62–68 μM 1994 [47]

Flavin mononucleotide 0.5 μM 1994 [161]

Flavin adenine dinucleotide 137–273 μM 1994 [161]

Kanamycin A ≤300 nM 1995 [162]

Neomycin 100 nM 1995 [163]

Tobramycin 2–3 nM 1995 [164]

Lividomycin ≤300 nM 1995 [162]

Nicotinamide adenine dinucleotide 2.5 μM 1995 [165]

Riboflavin 1–5 μM 1995 [165]

Biotin 5 μM 1995 [166]

L-arginine 330 nM 1996 [48]

Dopamine 2.8 μM 1997 [167]

7-methyl-guanosine 5 μM 1997 [168]

CCdApPuro 10 nM 1997 [169]

Chloramphenicol 25–65 μM 1997 [170]

Viomycin 11–21 μM 1997 [171]

Sulforhodamine B 310 nM 1998 [172]

Streptomycin 1–10 μM 1998 [173]

L-isoleucine 200–500 μM 1998 [174]

7,8-dihydro-8-hydroxy-2′-deoxyguanosine (8-oxodG) 0.27–2.8 μM 1998 [134]

Xanthine 3.3 μM 1998 [175]

Guanine 1.3 μM 1998 [175]

Malachite green ≤1 μM 1999 [176]

Phosphatidylcholine ≥100 μM 1999 [177]

Cyclic adenosine monophosphate 10 μM 2000 [178]

Adenosine triphosphate 127–223 μM 2000 [179]

L-tyrosine 35 μM 2000 [180]

S-adenosyl homocysteine 0.2–0.8 μM 2000 [181]

Neomycin 1.8 μM 2000 [182]

Moenomycin A 300–400 nM 2001 [183]

Sialyl Lewis X 0.085–10 nM 2001 [184]

Tetracycline 1 μM 2001 [185]

Kanamycin B 180 nM 2001 [186]

Adenine 10 μM 2002 [187]

Flavin adenine dinucleotide 50 μM 2002 [188]

L-isoleucine 1–7 mM 2003 [189]

Adenosine triphosphate 2 μM 2003 [190]

Morpholine-based GTP analog 20, 33 μM 2003 [191]

4,4′-methylenedianiline 0.45–15 μM 2004 [192]

Tobramycin 30–100 nM 2004 [34]

Kanamycin 10–30 nM 2004 [34]

Adenosine triphosphate 5 μM 2004 [193]

Isoleucine 0.9 mM 2005 [194]

L-histidine 8–54 μM 2005 [195]

Codeine 2.5–4 μM 2006 [33]
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Table 3: Continued.

Target Binding affinity (Kd) Year Reference

Mesomesoprotoporphyrin IX 188–445 nM 2006 [87]

Thyroxine 50 μM 2007 [196]

Tobramycin 16 μM 2007 [197]

10-carboxy-2,7-di-t-butyl-trans-12c,12d-dimethyl-12c,12d-dihydrobenzo[e]pyrene 2.7 μM 2007 [198]

Dimethylindole red 87 nM 2008 [199]

Cyanine 3 dye 60 μM 2010 [200]

Aniline-substituted sulforhodamine analogue 3.5 μM 2010 [201]

Atrazine 2 μM 2010 [202]

Sphingosylphosphorylcholine 20–250 nM 2010 [203]

Black hole quencher 4.7 μM 2011 [204]

4-dimethylaminobenzylidene imidazolinone 464 nM 2011 [205]

Glutathione 41.8, 48.9 nM 2011 [206]

Heteroaryldihydropyrimidine 50 nM 2011 [207]
∗Only aptamer sequences that have experimentally determined Kd values were included in this table.

partitioning can be achieved using a matrix that selectively
adsorbs the target and any interacting aptamer sequences.
For example, nitrocellulose filters are a cheap and convenient
matrix for this purpose due to their nucleic acid permeability
and their ability to retain proteins by hydrophobic adsorp-
tion. With cell targets, partitioning can be accomplished by
centrifugation, fluorescence activated cell sorting (FACS),
[59] or by gentle washing of adherent cells [13]. In the case
of both these target types, the selection can be accomplished
without chemical modification of the target; this is ideal since
it increases the likelihood of finding aptamers capable of
binding the molecule in its unaltered form. This is typically
not possible with small molecule aptamer selections. Thus,
the primary complication arises from the need to immobilize
the target to a solid support matrix, for example, magnetic
beads, acrylic beads, agarose/sepharose, to facilitate the
partitioning process. Early small molecule aptamers were
selected for targets for which premade agarose material was
commercially available [10]. In the absence of commercially
available material, there is a wide array of conjugation
chemistries that are available for preparing these materials
for SELEX experiments. However, these are all dependent on
the presence of certain functional groups that allow for cou-
pling, which are not always present on the desired target. For
cases where conjugation is possible, the proportionally large
amount of column material, in comparison to the target,
that is presented to the nucleic acid pool during each SELEX
round can result in high nonspecific binding of the library.
As chemical modification of the target is required to facilitate
column immobilization, the library is exposed to chemically-
modified target rather than the desired, unmodified target
molecule, increasing the likelihood of selecting sequences
that display binding properties towards the matrix and/or
the linker arm. Despite negative selection steps, carry-over
of such sequences is difficult to avoid [60]. Many aptamer
applications, particularly those in vivo, require the selected
sequences to bind the target free in solution. Therefore, any
aptamer affinity derived from partial binding to the matrix or
from chemical modifications will reduce the functionality of

the aptamer in the intended applications. For example, the
published rhodamine aptamer displays a weaker binding to
the target rhodamine when in solution compared to when it
is immobilized on the matrix used in the selection [61].

3.2. Measurement of Binding Affinity (Kd). While new meth-
ods for the determination of binding affinity are constantly
being developed, this is often the limiting factor in the rapid
development and testing of aptamers. This is particularly
true for small molecule binding aptamers. To measure Kd,
a constant concentration of either the aptamer or target
is titrated with an increasing concentration of the other
component to yield a binding isotherm. A list of common
methods for determining aptamer binding affinity can be
found in the Table 4. A brief evaluation of their applicability
to small molecule binding aptamers is also provided below.

As can be seen in Table 4, relatively few of these common
Kd methods are effective for measuring aptamer binding to
small molecules. Separation-based techniques are among the
most common approaches for determining binding affinity,
and many of these are more challenging for small molecule
targets than for proteins. In particular, separation-based
methods that rely on a dramatic change in the size of the
aptamer-target complex upon target binding are of limited
use when the target is much smaller than the aptamer.
Other methods require that the target has some intrinsic
fluorescence/absorbance, which is often not the case. For
targets lacking these properties, an alternative is to label
the target, which can affect the chemical properties of the
small molecule and interfere with aptamer binding. Surface
mass-sensitive detection methods such as QCM and SPR
are typically limited to large targets such as proteins [62].
These approaches generally require one binding partner to be
tethered to the surface. In cases where the aptamer is surface-
bound, the sensitivity of the technique may be compromised
by the small overall mass change caused by small molecule
binding. As an alternative, the target could be attached
to the surface, but once again this chemical modification
of the target can negatively impact binding affinity. Other
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Table 4: Methods for determining aptamer binding affinity.

Method Description of method and applicability to small molecules
Sample

reference

Spectroscopy-based methods

Fluorescence intensity

The fluorescence of the aptamer or target may be quenched or increased upon
binding. This method requires a fluorescent small molecule target or requires
labelling of the target.

[208]

Fluorescence polarization

A fluorophore is excited with polarized light and, due to rotational diffusion, the
size of the fluorophore will dictate the proportion of polarized light that is emitted.
This method requires a fluorescent small molecule target or target labelling. It can
be used with a fluorescently tagged aptamer, however, the method is less sensitive as
the overall change in mass upon binding a small molecule will be less dramatic.

[209]

UV-vis absorption

This method requires a change in intensity or wavelength of absorption in either
the aptamer or target’s UV-vis spectrum. In some cases, melting studies can be used
to determine Kd .

[210]

Circular dichroism (CD)

CD refers to the differential absorption of left and right circularly polarized light.
Upon aptamer binding to the target, the CD spectra may change but a significant
difference in conformation upon target binding is required for this method to have
good sensitivity.

[211]

Nuclear magnetic spectroscopy
(NMR)

By comparing the heteronuclear single quantum coherence spectroscopy (HSQC)
of individual amide protons in the free and bound aptamer, it is possible to observe
changes in the chemical shifts of the peaks. This method requires conformation
changes in the aptamer for good sensitivity.

[212]

Mass-sensitive surface-based measurements

Surface plasmon resonance (SPR)

Either the target or aptamer can be coupled to a chip; by flowing various
concentrations of the nontethered ligand, changes in refractive index can be
measured as the aptamer-target complex forms. If the small molecule target is
immobilized, its ability to bind to the aptamer may be compromised.
Immobilization of the aptamer, however, leads to a less sensitive measurement as
the smaller target will cause less of a change at the surface.

[33]

Quartz crystal microbalance
(QCM)

This method uses piezoelectric crystals to correlate the mass accumulated (target
binding) on the surface with a decrease of the resonance frequency of the quartz
crystal. Once again, small molecule target immobilization could affect binding
affinity. Immobilization of the aptamer leads to a less sensitive measurement
because there will less of a mass change upon target binding.

[213]

Separation-based methods

High-performance liquid
chromatography (HPLC)

Zone separations of the free aptamer, target, and aptamer-target complex can be
used to assess the equilibrium distribution of these components. This method is
particularly difficult with small molecule targets as they have less of an effect on the
separation of aptamer-target complex from the free aptamer.

[214]

Capillary electrophoresis (CE), kinetic
capillary electrophoresis (KCE),
affinity probe capillary electrophoresis
(APCE)

This method is similar to HPLC except that it using an electric field to separate the
components of the mixture by size and charge. Small molecule targets can be a
challenge, typically requiring labeling of the small molecule although label-free
KCE UV has recently been described. Once again, separation of the aptamer-target
complex from the free aptamer can be more difficult in the case of small molecule
targets.

[64, 215,
216]

Microfree-flow electrophoresis
(μ-FFE)

This technique separates aptamer and aptamer-target complex based on their
electrophoretic mobilities. Sample is continuously streamed into a planar flow
channel while an electric field is applied perpendicularly to the direction of flow,
deflecting analyte streams as they travel through the flow channel according to their
mobility. Once again, this method is less effective with small molecule targets.

[217]

Equilibrium dialysis

Equilibrium dialysis allows the aptamer, target and the complex to equilibrate in a
two compartment cell separated by a semipermeable membrane that allows only
the smallest component to pass through. This method can be hampered by
nonspecific adsorption of small molecule targets to the membrane.

[26]
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Table 4: Continued.

Method Description of method and applicability to small molecules
Sample

reference

Ultrafiltration/nitrocellulose filtration

This method is similar to dialysis. The aptamer and target are incubated to allow
binding. The fraction of the smallest unbound component is forced through a filter
and measured. Once again, nonspecific adsorption to the membrane can cause this
method to be unreliable.

[218]

Affinity chromatography

Either the target or aptamer is covalently immobilized to a solid-phase support. The
other component is incubated with the support and the amount of binding is
calculated. As with other methods, chemical modification of the target or the
aptamer to allow for immobilization can affect binding.

[7]

Electrophoretic mobility shift assay
(EMSA)

The presence of the target will cause an increase in molecular weight of the
aptamer-target complex, resulting in a change in electrophoretic mobility and a gel
shift. This approach is not effective with small molecule targets unless a significant
conformational change is observed upon binding.

[219]

Optical thermophoresis

Based on the directed movement of molecules along temperature gradients, the
thermophoresis of an aptamer typically differs significantly from that of an
aptamer-target complex because of changes in size, charge, or solvation energy.
This method requires fluorescent labelling which could affect binding. Also, it
could be less sensitive for small molecule aptamers due to the smaller change in
mass upon target binding.

[220]

Other methods

Isothermal titration calorimetry (ITC)

This method allows simultaneous determination of Kd , stoichiometry, and
thermodynamic properties. It relies on the fact that formation of the aptamer-target
complex is an exothermic process. Effective for small molecule aptamers,
particularly if a large conformational change occurs upon target binding.

[221]

High-throughput affinity quantitative
PCR binding assay

With this method, an aptamer duplex is incubated with the target. The
concentration of aptamer released by this binding event is then measured using real
time PCR.

[222]

In-line probing

Spontaneous cleavage of the RNA backbone is affected by local structural
characteristics, which in turn are impacted by target binding. Can be effective for
small molecule aptamers but requires conformational changes upon target binding
and is only applicable to RNA aptamers.

[223]

Footprinting assays

This method determines the region of aptamer sequence where target binding
occurs by exploiting that the target may protect the aptamer from enzymatic
cleavage/chemical reactions. Footprinting assays are easier with larger targets or
require conformational changes with target binding.

[224, 225]

methods that detect a change in aptamer conformation
upon binding to target can be applicable to small molecule
aptamers, but measurable conformation change is not a
universal property of all aptamers [63]. Some recent reports
of approaches for determining aptamer binding affinity
have recognized the unique challenges for small molecule
aptamers and attempted to address them using more innova-
tive approaches such as automated microchip electrophoresis
and atomic force spectroscopy, although no technique can be
considered generally applicable to small molecule aptamers
at this stage [64, 65].

4. Opportunities for Small Molecule Aptamers

While aptamer technology has existed for over two decades,
the challenges imposed on the development of aptamers for
small molecules has resulted in very few novel aptamers that
can bind to practical small molecular targets. Nevertheless,

there are many opportunities for the innovative application
of small molecule binding aptamers in biosensing and
chemical biology. A diverse range of natural and synthetic
compounds fall under the designation of small molecules,
including organic compounds, amino acids, steroids, car-
bohydrates, and nucleotides. These molecules play a variety
of beneficial roles; they are therapeutics, dyes, cofactors,
metabolites, and neurotransmitters. Unfortunately, they
may also be harmful substances, such as pollutants, food
adulterants, carcinogens, and drugs of abuse. There are
many reasons why effective tools for the detection of
small molecules are needed now more than ever before.
These include the growing recognition of the role of small
molecules in biological systems, the extensive application
of synthetic small molecules as drugs, and the increasing
need to monitor contamination our environment and food
supply. Many examples of aptamer-based sensing approaches
have been designed for the detection of small molecules,



Journal of Nucleic Acids 11

F  Q
Target

Target

eToff

Aptamer
Ferrocene
Fluorophore

Quencher
Au nanoparticleAu

Electrochemical Fluorescence

Colorimetric

Structure switching strategy

Au

Au

Salt

Salt

Target

No target

eTon

Figure 3: Illustration of sample electrochemical, fluorescence, and
colorimetric assays using the structure switching strategy and small
molecule-binding aptamers.

however, most are proof-of-concept systems using the ATP,
cocaine, or theophylline aptamer. Electrochemical, fluores-
cence, colorimetric, and other approaches that have been
employed for aptamer-based sensing have been highlighted
in several recent reviews [66–69]. However, the general
applicability of many of these biosensors to small molecule
targets, other than the three main targets mentioned, has
yet to be confirmed. As shown in Tables 2 and 3, however,
there are many small molecule aptamer sequences that are
available for biosensor development. Several of these targets
are relevant to applications in environmental monitoring,
agriculture, food safety, and medicine [70]; this is a clear
motivation to move aptamer-based biosensing past the few
proof-of-concept systems and to validate aptamer-based
sensing approaches for real-world bioanalytical applications.

One notable approach to small-molecule biosensing
has been the “structure-switching” strategy, described by
Li and colleagues, which relates to the unique ability of
nucleic aptamers to bind to both their cognate target
and to a complementary sequence [71]. This ability to
switch from a nucleic acid duplex to an aptamer-target
complex, and its concomitant structural changes, have been
shown to be a generally applicable method for converting
a recognition event into detectable signal. As such, it has
been applied to several fluorescence, electrochemical, or
colorimetric (nanoparticle-based) assays (see Figure 3). This
strategy is particularly appealing given that a large confor-
mational change upon target binding is virtually guaranteed,

thus many of the typical limitations encountered in small
molecule detection are avoided. Both DNA and RNA
aptamers can be employed in this approach [72] and it has
been used in solution and on surfaces [73]. Although many
reports use this methodology for the sensing of adenosine
or ATP [71], this method has been applied to detect several
other small molecule targets including theophylline [72],
cocaine [74], histidine [75], OTA [76], L-argininamide [77],
tyrosinamide [78], GTP [79], and arginine [80].

Recent reviews have examined how aptamers can be
combined with other functional moieties without affecting
their ability to recognize and bind to their cognate target [81,
82]. This property can allow aptamers to serve as regulatory
elements for nucleic acid enzymes (either natural ribozymes
or synthetic DNAzymes) or other actuator parts, allowing
control of a variety of functions such as gene-expression reg-
ulation [83]. Small molecule-binding sequences are particu-
larly convenient for the preparation of these chimeras. This is
perhaps not surprising considering that natural riboswitches,
which are known to be key regulators of several biosynthetic
pathways, contain an aptamer domain that serves as a high
affinity sensor for a specific small molecule. In one of the
original examples of these chimeric systems, one of the stem-
loop sections of the widely studied hammerhead ribozyme
was replaced with the ATP-binding aptamer. As a result, ATP
binding was required for activation [84]. A similar approach
can be applied to the development of allosteric aptamers for
sensing. Conjugation of the malachite green aptamer to the
flavin mononucleotide (FMN) aptamer created a FMN sen-
sor where binding of malachite green and the concomitant
increase in fluorescence could only be achieved after FMN
bound to its aptamer domain [85]. ATP and theophylline
sensors were also made using the same approach. This
strategy has been suggested for the fluorescence detection
of cellular metabolites; a combination of the endogenously
expressed aptamer conjugate and cellular dyes could enable
intracellular detection. Thus, the continued development
of biologically relevant small molecule aptamers for these
chimeric systems is important in order to enable further
advances in areas such as in vivo imaging and synthetic
biology.

Small molecule-binding-aptamers can also serve as
important tools for elucidating the role that biologically-
important small molecules play in modulating critical cel-
lular regulatory circuits. Intramers, aptamers specific for
intracellular target proteins, have already been shown to be
useful tools for probing important protein-based networks in
vivo [86]. By perturbing the intracellular pools of physiolog-
ically important small molecules, small-molecule-binding
aptamers also have the potential to improve our understand-
ing of biological systems. This strategy has been explored
by Marletta using intracellular expression of a heme-bind-
ing RNA aptamer to predictably modulate E. coli heme
biosynthesis as a model for a product feedback inhibited
system. This group demonstrated that in vitro selected,
heme-binding RNA aptamers could specifically sequester
intracellular heme when expressed in vivo and perturb
the heme-mediated inhibition of the heme biosynthetic
pathway in a measurable way [87]. Using heme-binding DNA
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Figure 4: (a) Confirmation of aptamer-mediated inhibition of hemozoin formation within parasite lysates. Heme-binding DNA aptamers
(OKA 26-5 and 26-3; PS26, PS21, and PS2M) inhibit hemozoin formation but control oligonucleotides (PS2M Mod and PS2R) have no
effect. (b) The growth of parasites incubated in red blood cells that had been preloaded with nuclease resistant DNA aptamers (PS2M idT
and PS26-idT) is significantly inhibited in comparison to those exposed to red blood cells loaded with control oligonucleotides (PS2M Mod-
idT). Used with permission from PNAS.

aptamers [88], Marletta and colleagues also demonstrated
that aptamers can successfully control an essential, P. fal-
ciparum-specific metabolic pathway [89]. In this study, the
pathway of interest was the parasite’s heme detoxification
pathway, a key target for malaria controls. Hemoglobin
ingested by the parasite is degraded in vacuolar structures
at low pH (between 4.5 and 5.5), releasing free heme.
This free heme is cytotoxic, thus, heme detoxification by
polymerization into hemozoin is a critical process for
plasmodia survival. The heme-binding DNA aptamers were
shown to interfere with hemozoin formation in two in vitro
assays, one using a model lipid-catalyzed system and the
other using parasite-derived lysates containing the native
hemozoin formation components. IC50 values for inhibition
by the aptamers were comparable to that of chloroquine,
a known inhibitor of hemozoin production. Additionally,
when preloaded into red blood cells, nuclease resistant heme-
binding aptamers induced parasite toxicity in a manner con-
sistent with inhibiting the hemozoin production process in
early stage parasites (see Figure 4). These examples show the
potential utility of small molecule-binding aptamers as new
chemical tools for probing biophysical processes as well as
their potential use as leads in antimalarial drug development.

Recently, the in vivo utility of a dopamine-binding DNA
aptamer as a tool to investigate neurobiological processes was
demonstrated in a preclinical animal model of schizophrenia
[90]. In a similar fashion as the heme example, the role of

the dopamine aptamer was to sequester excess dopamine in
a particular brain region (the nucleus accumbens) and to
monitor whether an abnormal behavior could be reversed
as a result. The drug MK-801, an N-Methyl-D-aspartate
(NMDA) receptor antagonist, has been used to model
the cognitive dysfunction observed in individuals with
schizophrenia. In this schizophrenia model, rats are trained
to press a bar for chocolate pellet rewards. After 5 days of
training, the rats undergo an “extinction” test, where no
chocolate is presented upon lever pressing. While normal rats
quickly realize this and stop pressing the lever, rats under
the influence of MK-801 show a cognitive defect known as
perseveration, meaning that they continued to press the lever
at a high rate and are unable to inhibit this behavioral ten-
dency. This defect has been linked to high levels of dopamine
in the nucleus accumbens region of the brain. The ability
of a dopamine-binding DNA aptamer to reverse these MK-
801-induced cognitive deficits when injected directly into
the nucleus accumbens was determined. Figure 5(a) shows
that injection of the dopamine aptamer (filled triangles)
reversed the MK-801-induced elevation in lever pressing
to levels as seen in rats not treated with MK-801 (empty
squares, X with dashed line). Injection of buffer (empty
diamonds) or of a random oligonucleotide (dashed line)
had no effect on moderating the pressing behavior. Thus, it
appears that the aptamer was successful in sequestering the
excess dopamine within the nucleus accumbens, resulting



Journal of Nucleic Acids 13

1500

1000

500

0
5 10 15 20 25 30

C
u

m
u

la
ti

ve
 p

re
ss

es
/i

n
te

rv
al

0 nM/MK [7]

200 nM/MK [7]
Random/MK [7]

0 nM/saline [5]

200 nM/saline [5]

(a)

125

100

75

50

25

0

Distance traveled

0 nM/
MK [5]

200 nM/
MK [5]

Random/
MK [5]

0 nM/
saline [5]

200 nM/
saline [4]

A
ve

ra
ge

 m
et

er
s

(b)

Figure 5: (a) Pretreatment of animals with the dopamine aptamer reversed the effects of MK-801 administration. Animals given MK-801
(empty diamonds; 0 nM/MK) show higher cumulative presses in this behavioural test in comparison to animals not given this drug (empty
squares, dashed line; 0 nM/Saline). The group receiving aptamer pretreatment (filled triangles; 200 nM/MK), however, showed similar levels
of cumulative presses as those that were not given any MK-801. A random oligonucleotide pretreatment, however, had no dampening effect
on the number of presses (X with dashed line; Random/MK). (b) Aptamer pretreatment (200 nM/MK) did not significantly affect locomotor
activity as measured by distance traveled in an elevated cross maze. Used with permission from PLoS One.

in “normal” behavior. Interestingly, it was also shown that
the aptamer treatment did not impair locomotor activity
in the animals (Figure 5(b)). The near-selective effect of
the aptamer on reversing cognitive deficits without drastic
negative motor consequences lends support for the use of
DNA aptamers in the further study of preclinical animal
models of mental health disease and as possible drug leads.
New neurotransmitter-binding aptamers, as well as strategies
for the delivery of aptamers across the blood-brain-barrier,
will be required to realize the full potential of aptamers in
this regard.

5. Conclusions and Outlook

The selection and application of small molecule-binding
aptamers come with a unique set of challenges that have
hampered their research and commercialization. Neverthe-
less, efforts to expand the suite of aptamers for pertinent
small molecules need to continue. A major bottleneck in
small molecule aptamer development and application occurs
at the point of Kd determination. Approaches for binding
affinity measurement that are more generally applicable to
small molecule targets are required. Additionally, there is a
negative perception that there are published aptamers that
have little affinity to their targets [91]. Because of these
issues associated with Kd measurements for small molecules,
several complementary methods may be required in order
to achieve a true sense of the aptamer binding affinity for
its target. Ideally, these methods should allow aptamer-target
binding to occur free in solution, to remove any contribution
from matrix binding. A new aptamer database is available
(http://aptamerbase.semanticscience.org/) containing valu-
able information about the experimental conditions under

which the aptamers were selected and their binding affinity
quantified [41]. Efforts to mine this data to better tailor
SELEX and binding affinity experiments for small molecules
is currently underway. Aptamer-based assays also need to
begin to move away from the proof-of-concept targets
and exploit the largely untapped resource of existing small
molecule-binding aptamers. Signs of this shift to more
relevant aptamer-based assays can be seen with the large
number of biosensors developed using the ochratoxin A
(OTA) aptamer. This small molecule mycotoxin contami-
nates a wide variety of food commodities such as cereals
and wine. Several recent reports have used OTA-binding
sequences [26] to develop affinity clean-up columns [92, 93]
and biosensors [94–98] for evaluation under actual food
testing conditions. Applications of small molecule-binding
aptamers in other burgeoning areas, such as metabolomics,
drug discovery, and synthetic biology, could also soon see
dramatic growth. Continued effort in the development of
aptamers for important small molecules is required in order
for this field to realize its full potential.
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The presence of a nonproteinogenic moiety in a nonstandard peptide often improves the biological properties of the peptide. Non-
standard peptide libraries are therefore used to obtain valuable molecules for biological, therapeutic, and diagnostic applications.
Highly diverse non-standard peptide libraries can be generated by chemically or enzymatically modifying standard peptide
libraries synthesized by the ribosomal machinery, using posttranslational modifications. Alternatively, strategies for encoding
non-proteinogenic amino acids into the genetic code have been developed for the direct ribosomal synthesis of non-standard
peptide libraries. In the strategies for genetic code expansion, non-proteinogenic amino acids are assigned to the nonsense
codons or 4-base codons in order to add these amino acids to the universal genetic code. In contrast, in the strategies for genetic
code reprogramming, some proteinogenic amino acids are erased from the genetic code and non-proteinogenic amino acids are
reassigned to the blank codons. Here, we discuss the generation of genetically encoded non-standard peptide libraries using these
strategies and also review recent applications of these libraries to the selection of functional non-standard peptides.

1. Introduction

Nonstandard peptides, also known as unnatural peptides or
peptidomimetics, are peptide-based small molecules con-
taining a moiety that does not exist in standard (i.e., natural)
peptides composed of only 20 proteinogenic amino acids.
The nonproteinogenic moiety in nonstandard peptides, such
as a nonproteinogenic side chain, a modified backbone, or
a macrocyclized backbone, often contributes to improving
the peptide’s cell permeability, stability against peptidases,
and conformational rigidity, thereby affording specific high
affinity toward its target molecule [1–5]. Naturally occurring
nonribosomal peptides (e.g., immunosuppressant cyclo-
sporine A) are representative of nonstandard peptides, and
given the success of nonribosomal peptides as therapeutics,
the development of methods to construct highly diverse
drug-like nonstandard peptide libraries is important for the
discovery of novel drug candidates. Chemical synthesis can
generate highly modified drug-like nonstandard peptide
libraries, but the size of these libraries is relatively small (with
a diversity of up to 106 unique compounds). In contrast,
by using genotype-phenotype linking technology, ribosomal
synthesis can generate genetically encoded peptide libraries

with extremely high diversity (up to 1013 compounds) [6–
9]. However, ribosomally synthesized peptide libraries are
typically composed of just the 20 proteinogenic amino
acids. This had led to the development of various strategies
to generate highly diverse nonstandard peptide libraries;
these strategies integrate biology-based methods to construct
highly diverse libraries and chemistry-based methods to
construct highly modified drug-like libraries.

One approach to generate genetically encoded nonstand-
ard peptide libraries involves the posttranslational modifi-
cation of ribosomally synthesized peptide libraries. Exam-
ples include using chemical or enzymatic reactions for
the posttranslational macrocyclization of standard peptide
libraries. In the chemical cyclization approach, Heinis and
coworkers used 1, 3, 5-tris(bromomethyl)benzene to react
with three cysteine residues in peptide libraries displayed
on phages, and the resulting bicyclic peptide libraries were
used to obtain bicyclic peptide inhibitors against several
enzymes [10–12]. In the enzymatic cyclization approach,
Bosma et al. reported the bacterial display of peptide libraries
cyclized with a thioether-bridge that was posttranslationally
added using enzymes, and demonstrated thioether-bridged
peptide selection against a model protein (streptavidin) [13].
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Another example of the posttranslational conversion of stan-
dard peptide libraries to nonstandard ones is the modifica-
tion of peptides with a moiety that selectively interacts with a
target protein. Li and Roberts chemically modified a peptide
library by reacting the sulfhydryl group of cysteine residues
in the library with a bromoacetamide derivative of penicillin,
and the penicillin-modified peptide library was subjected to
mRNA display selection against penicillin binding protein 2a
[14]. An excellent review discussing these posttranslational
strategies has recently been published elsewhere [15].

Another approach to generate genetically encoded non-
standard peptide libraries involves the engineering of a
ribosomal translation system, that is, cotranslational incor-
poration of nonproteinogenic amino acids into ribosomally
synthesized polypeptides (Figure 1). This approach is further
divided into two strategies: genetic code expansion and
genetic code reprogramming. In this paper, we discuss
both strategies and their application for the generation of
genetically encoded nonstandard peptide libraries as well
as the use of these libraries for the selection/evolution of
functional nonstandard peptides.

2. Genetic Code Expansion

The genetic code expansion strategy (Figure 1(a)) has been
used mainly for the study of proteins rather than short
peptides because it allows the site-specific incorporation of a
21st amino acid in addition to the 20 proteinogenic amino
acids. In 1989, the amber suppression method, the first
example of a genetic code expansion strategy, was indepen-
dently reported by Schultz’s group and Chamberlin’s group
(Figure 1(a)) [16, 17]. In these reports, amber suppressor
tRNA(CUA) carrying a nonproteinogenic amino acid was
synthesized by chemoenzymatic acylation, which was devel-
oped by Hecht’s group [18], and the resulting aminoacyl-
tRNA (aa-tRNA) was added to an in vitro translation
system (conventional crude lysate system). Accordingly, a
polypeptide containing the nonproteinogenic amino acid
was synthesized from an mRNA bearing a site-specifically
mutated amber UAG codon to incorporate the nonpro-
teinogenic amino acid. Later, Chamberlin and coworkers
also reported that the other nonsense codons (opal UGA
codon and ochre UAA codon) could be suppressed effectively
by the corresponding nonproteinogenic aa-tRNA in rabbit
reticulocyte lysate [19]. The extension of this nonsense
suppression method to use a four-base codon was reported
by Sisido’s group. In this approach, a nonproteinogenic aa-
tRNA bearing an ACCU four-base anticodon was used to
incorporate a nonproteinogenic amino acid at an AGGU
four-base codon [20]. They also expanded this approach
to other four-base [21–23] and even five-base codons [24]
and showed the simultaneous incorporation of multiple
nonproteinogenic amino acids into proteins [25–28]. Later,
the genetic code expansion strategy was further extended
from in vitro to in vivo. In 1995, Dougherty, Lester, and
coworkers reported in vivo nonsense suppression, where
UAG-containing mRNA and suppressor tRNA, which was
chemically acylated with a nonproteinogenic amino acid,

were injected into a Xenopus oocyte to incorporate the non-
proteinogenic amino acid into an ion channel expressed
on the surface of the oocyte [29, 30]. Further progress
came with the development of orthogonal tRNA(CUA) and
aminoacyl-tRNA synthetase (aaRS) pairs, which produce an
orthogonal tRNA(CUA) carrying a nonproteinogenic amino
acid in vivo under multiple turnover conditions. This
technology allows us to not only synthesize a protein carrying
a nonproteinogenic amino acid at a specific position in
various types of cells, but also obtain a protein containing
a nonproteinogenic amino acid in a larger quantity than by
in vitro genetic code expansion [31–34]. The use of various
orthogonal tRNA/aaRS pairs has allowed for the synthesis of
proteins carrying various artificial functional groups, such
as a biochemical group (e.g., sulfate, acetate, or methylate)
[35–38], fluorescent probe [39–43], photo-cross-linker [44–
49], photo-caged group [50–56], and bioorthogonal reactive
group [57–63], for the study of protein structure and
function. Similarly to in vitro genetic code expansion, in
vivo amber suppression using orthogonal tRNA/aaRS pairs
was extended to ochre and opal codon suppression [64–
66] and four-base codon suppression to incorporate two
nonproteinogenic amino acids simultaneously into proteins
in vivo [67, 68].

3. Selection of Functional Nonstandard
Peptides Generated by Genetic
Code Expansion

The in vivo genetic code expansion strategy has recently
been used to generate nonstandard peptide libraries. Using
orthogonal aaRS/tRNA(CUA) pairs, Young et al. generated
a backbone-cyclized peptide library containing a nonpro-
teinogenic amino acid and performed in-cell selection of
a nonstandard peptide inhibitor from the library (Figure
2(a)) [69]. The orthogonal aaRS/tRNA(CUA) pairs were
expressed in Escherichia coli (E. coli) in order to assign L-p-
benzoylphenylalanine to the amber codon [46]. Additionally,
the split intein catalyzed ligation of proteins and peptides
(SICROPPS) method, which was developed by Benkovic’s
group [70, 71], was used to cyclize the backbone of a
ribosomally synthesized peptide library containing L-p-
benzoylphenylalanine. The activity-based in-cell selection of
human immunodeficiency virus (HIV) protease inhibitors
from the cyclic peptide library was performed by linking the
protease inhibitory activity of a cyclic peptide to cell viability
of the host E. coli. The most abundant peptide obtained after
two rounds of selection inhibited HIV protease activity at a
low micromolar concentration (IC50 = 0.96 μM). Interest-
ingly, the L-p-benzoylphenylalanine residue of the peptide
formed a covalent Schiff-base adduct with the ε-amino group
of Lys14 of the HIV protease.

Although this study using in vivo selection succeeded
in selecting new functional nonstandard peptides, the size
of the library was limited by the transformation efficiency
of E. coli. In contrast, in vitro display methods, such as
ribosome display [7] and mRNA display (or in vitro virus)
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Figure 1: Generation of genetically encoded libraries of nonstandard peptides. (a) Genetic code expansion. Nonproteinogenic amino acids
are assigned to the amber codon and four-base codons. (b) Reprogramming the genetic code. Nonproteinogenic amino acids are reassigned
to blank codons generated by reconstructing a cell-free translation system with a reduced number of amino acids and protein factors. nZ
(n = 1–9) represents one of the nonproteinogenic amino acids.

[8, 9], can generate highly diverse libraries (up to 1013 com-
pounds) because library construction does not involve cell
transformation. Moreover, in vitro genetic code expansion
has an advantage over in vivo expansion because membrane-
impermeable, metabolically unstable or cytotoxic nonpro-
teinogenic amino acids can be used as the building blocks for
genetically encoded nonstandard peptides. The first proof of
concept study of an in vitro display selection from a library
containing a nonproteinogenic amino acid was reported
by Li et al. (Figure 2(b)) [72, 73]. A nonstandard peptide
library displayed on mRNA was prepared by using a lysate
translation system containing amber suppressor tRNA(CUA)
precharged with biocytin and a puromycin-modified mRNA
library containing one NNS (S = C or G) codon. The authors
demonstrated that mRNA containing the UAG codon (i.e.,
encoding a biocytin-containing peptide) was selectively
recovered from the prepared library by pulldown using strep-
tavidin beads. The same group combined a similar genetic
code expansion strategy with a posttranslational chemical
cyclization method to generate a nonstandard cyclic peptide
library [74]. A peptide library containing N-methyl-L-
phenylalanine assigned to the amber codon was displayed on
mRNA and chemically converted to a cyclic peptide library
by linking the N-terminal α-amino group to the ε-amino
group of a lysine residue using disuccinimidyl glutarate. This
library was used to select Gαi1 binding peptides, and the
best binding cyclic peptide had very high affinity against
Gαi1 (2.1 nM). Although this cyclic peptide also showed
higher proteolytic stability than its linear counterpart, the
in vitro-selected peptides in this study unfortunately did not
contain the nonproteinogenic amino acid. Muranaka et al.
also reported the selection of a streptavidin-binding peptide
from nonstandard peptide libraries prepared by combining
the amber and four-base codon suppression approaches
(Figure 2(c)) [75]. Messenger RNA libraries composed of
nine NNK (K = U or G) codons and one VGGU (V = C,

A, or G) four-base codon were used to construct non-
standard peptide libraries in the mRNA display format,
and a streptavidin-binding non-standard peptide was suc-
cessfully selected. The selected peptide contained only one
nonproteinogenic amino acid (L-p-benzoylphenylalanine)
residue (Figure 2(c)), even though multiple nonproteino-
genic amino acids could have appeared in the sequence of
the used libraries.

4. Limitation of Genetic Code
Expansion for the Preparation of
Nonstandard Peptide Libraries

In principle, highly modified non-standard peptides con-
taining multiple nonproteinogenic amino acids can be
produced by genetic code expansion, but this strategy
actually imposes considerable restrictions on the synthesis
of such peptides. In this strategy, the incorporation of
nonproteinogenic amino acids competes with other normal
events during translation. For example, an amber suppressor
nonproteinogenic aa-tRNA(CUA) competes with endoge-
nous release factor 1 (RF-1), which results in the production
of truncated as well as full-length peptides from one mRNA
template [16, 17]. Similarly, a 4-base suppressor non-
proteinogenic aa-tRNA(ACCU) competes with endogenous
Arg-tRNAArg(CCU) for decoding the AGG(U) codon, which
results in the production of a mixture of in-frame and out-of-
frame products from one mRNA template [20]. This feature
makes it difficult to simultaneously incorporate multiple
nonproteinogenic amino acids into a peptide since the yield
of a full-length (in-frame) peptide decreases exponentially
as the number of nonproteinogenic amino acids increases.
Moreover, in these genetic code expansion strategies, an
mRNA containing the nonsense or 4-base codon does not
encode one peptide but a mixture of multiple peptide
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benzoylphenylalanine-containing peptide inhibitors. Orthogonal tRNA(CUA)/aaRS pairs were expressed in E. coli in order to assign L-p-
benzoylphenylalanine to the amber codon. SICROPPS was used to cyclize the peptides. (b) Proof-of-concept study of mRNA display with
a nonproteinogenic amino acid. Biocytin was assigned to the amber codon by adding biocytin-tRNA(CUA) to a rabbit reticulocyte lysate.
The peptides were expressed in mRNA display format and pulled down using streptavidin beads. (c) Selection of streptavidin binding non-
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products. This could be a more critical problem for peptide
selection because this phenomenon would make it difficult
to identify an active species from selected cDNA sequences.
Recently, as one of the approaches used to decrease these
competing translation events, Chin and coworkers evolved
an orthogonal mutant ribosome that is thought to have
a decreased functional interaction with RF-1 and demon-
strated the increased incorporation efficiency of a nonpro-
teinogenic amino acid on the amber codon [76]. However,
since the orthogonal mutant ribosome was still recognized by
RF-1 to some extent, a mixture of full-length and truncated
proteins was expressed from one UAG-containing mRNA.
Similarly, Liu and coworkers prepared a ribosome with the

C-terminal domain of ribosomal protein L11 to decrease RF-
1-mediated translation termination; however, the complete
reassignment of the amber codon was not shown [77].
Conversely, Sakamoto’s group [78–80] and Wang’s group
[81, 82] independently reported using a different approach
to knock out RF-1 from E. coli strains, and both groups
demonstrated complete reassignment of the amber UAG
codon from translation termination to nonproteinogenic
amino acid incorporation in vivo. In Wang’s approach,
the RF-1 knockout strains had a substantially decreased
growth rate, most likely because of the failure of translation
termination at amber UAG codons in endogenous mRNAs
that are essential for the growth of E. coli. The combination



Journal of Nucleic Acids 5

of this RF-1 knockout approach with the recently reported
genome-wide codon replacement method to replace all 314
endogenous UAG codons to UAA stop codons in E. coli [83]
might solve this problem. Nevertheless, these RF-1 knockout
strategies enabled the complete reassignment of the amber
codon to a nonproteinogenic amino acid in vivo; however,
they have only been applied to the amber codon thus far.

The difficulty of complete codon reassignment in vivo
clearly comes from the fact that the translation events that
compete with the incorporation of nonproteinogenic amino
acids are required to maintain the life of the host cells.
Conversely, engineering an in vitro translation system is not
as complicated as for an in vivo translation system; even so,
the simultaneous complete reassignment of multiple codons
to different nonproteinogenic amino acids was not achieved
until 2003. For example, Roberts and coworkers used a lysate
translation system pretreated with aminoethanol-Sepharose
to remove endogenous tRNAs, which compete with the
incorporation of a nonproteinogenic amino acid at sense
codons. However, a peptide synthesized by using this tRNA-
depleted system still consisted of a mixture of proteinogenic
and nonproteinogenic amino acids [2]. Other approaches
to decrease competitive translation events against nonpro-
teinogenic amino acid incorporation in vitro include heat
inactivation of RF-1 [84], aptamer-mediated RF-1 inhibition
[85], and antibody-mediated RF-1 inhibition [86], yet none
of these resulted in complete codon reassignment. Another
interesting approach is the pretreatment of a lysate transla-
tion system with a phenylalanyl-tRNA synthetase (PheRS)
inhibitor, and nearly complete reassignment of the Phe sense
codon to naphthylalanine was demonstrated, although its
general application to multiple codons has yet to be reported
[87].

5. Genetic Code Reprogramming

The first demonstration of the simultaneous complete reas-
signment of multiple codons to different nonproteinogenic
amino acids (i.e., genetic code reprogramming) was reported
by Forster et al. in 2003 (Figure 3(a)) [88]. The key feature
of genetic code reprogramming is the use of a reconsti-
tuted translation system, instead of crude lysate translation
system, to eliminate translation events that compete with
the incorporation of no-proteinogenic amino acids. In the
report by Forster et al., purified ribosomes, initiation factors,
and elongation factors were mixed with fMet-tRNAini, Glu-
tRNAGlu, and three kinds of chemoenzymatically synthesized
nonproteinogenic aa-tRNA which were assigned in the
reprogrammed genetic code shown in Figure 3(a), and a
non-standard peptide containing three different nonpro-
teinogenic amino acids was synthesized. An interesting fea-
ture of their aaRS-free reconstituted translation system is that
since orthogonality of the tRNA against aaRS is not required,
in principle, tRNA with any body sequence and anticodon
can be used to incorporate amino acids [89]. On the other
hand, in their genetic code reprogramming system using
chemoenzymatic tRNA-acylation, the maximum number
of nonproteinogenic amino acids that were simultaneously

reassigned in the reprogrammed genetic code was not more
than three [88, 90–92], probably because the authors used a
technically demanding chemoenzymatic acylation method to
prepare the aa-tRNAs [18].

To achieve genetic code reprogramming by a more simple
tRNA-acylation method, Szostak’s group took advantage of
the substrate tolerance of wild-type aaRSs, namely, that
“wild-type” aaRSs can charge some proteinogenic amino
acid analogs [93]. This feature has been used mainly to
incorporate a proteinogenic amino acid analog into proteins
in vivo (in an auxotrophic strain in many cases) in a
residue-specific manner to produce heterogeneous proteins
containing proteinogenic and nonproteinogenic amino acids
as engineered protein material [94–97]. In the first report
of genetic code reprogramming by aaRS-catalyzed acylation,
Josephson et al. described a landmark example [93] in
which nonproteinogenic amino acids were misacylated onto
endogenous tRNAs by wild-type aaRSs in a reconstituted
translation system [98] lacking the corresponding proteino-
genic amino acids, and 10 different nonproteinogenic amino
acids were incorporated simultaneously into a peptide as
assigned in the reprogrammed genetic code (Figure 3(b)).
Importantly, they also demonstrated that the same non-
standard peptide could be displayed on its encoding mRNA
via a puromycin linker to show the compatibility of genetic
code reprogramming with mRNA display. Later, Szostak’s
group found that over 90 nonproteinogenic amino acids
could be charged onto tRNAs by wild-type and mutant aaRSs
and showed that over 50 nonproteinogenic amino acids
could be ribosomally incorporated into peptides [99, 100].
They also synthesized a non-standard peptide containing
13 different nonproteinogenic amino acids. In terms of the
number of different nonproteinogenic amino acids that can
be incorporated simultaneously into ribosomal peptides, this
non-standard peptide still holds the record. The advantage of
Szostak’s reprogramming method is that (1) the misacylated
tRNAs can be generated in situ under multiple turnover
conditions and (2) non-standard peptides can be expressed
by merely adding nonproteinogenic amino acids to the trans-
lation system from which the corresponding proteinogenic
amino acids are withdrawn. On the other hand, the number
of available nonproteinogenic amino acids is limited since
aaRSs can generally mischarge only those that are structurally
similar to proteinogenic amino acids, and it is not possible
to introduce multiple analogs of the same amino acid type
at the same time (e.g., two proline analogs). Moreover,
since proteinogenic amino acids are more acceptable to
both aaRS acylation and ribosomal translation, even a tiny
amount of proteinogenic amino acid contamination causes
the production of undesired product that consists of a
mixture of proteinogenic and nonproteinogenic amino acids
[93].

As another approach to achieve genetic code reprogram-
ming by a more general tRNA-acylation method, Murakami
et al. reported a highly flexible-ribozyme- (flexizyme-) based
tRNA-acylation system [101]. In the first demonstration
of genetic code reprogramming using flexizymes, three
sense codons were reassigned to three nonproteinogenic
amino acids charged onto orthogonal tRNAs (Figure 3(c)).
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Figure 3: Comparison of the aminoacylation methods used for genetic code reprogramming. (a) Chemoenzymatic acylation method. The
dinucleotide carrying the nonproteinogenic amino acid (pdCpA-aa) was enzymatically ligated to tRNA lacking 3′-nucleotides (pCpA).
Aminoacyl-tRNAs prepared by the chemoenzymatic acylation method were added to an aaRS-free reconstituted translation system to
synthesize a non-standard peptide containing three nonproteinogenic residues (1Z, L-propargylglycine; 2Z, L-O-methylserine; 3Z, L-
allylglycine). (b) aaRS tRNA-misacylation method. Aminoacyl-tRNAs carrying nonproteinogenic amino acids were enzymatically generated
in a reconstituted translation system. A non-standard peptide containing 13 nonproteinogenic residues was synthesized (NX, an analog
of proteinogenic amino acid X). (c) Flexizyme-based acylation method. An activated amino acid was mixed with tRNAs and flexizyme to
synthesize aminoacyl-tRNA. Aminoacyl-tRNAs prepared by the flexizyme-based method were added to a reconstituted translation system to
synthesize a non-standard peptide containing six nonproteinogenic residues (4Z, L-acetyllysine; 5Z, L-citrulline; 6Z, L-p-iodophenylalanine).

According to the reprogrammed genetic code, a 17 mer non-
standard peptide possessing six nonproteinogenic amino
acids was synthesized in a genetically encoded manner.

The prototype [102] of the flexizyme used in genetic code
reprogramming, which was evolved from a random RNA
pool, has expanded its acceptability of tRNAs [103, 104]
and amino acids for aminoacylation and turned into highly
flexible ribozymes for tRNA aminoacylation [101, 105, 106].
Because the flexizymes recognize their cognate aromatic
group, they are able to charge a wide variety of not only L-
amino acids with nonproteinogenic side chains [3, 107–111],
but also amino acids with an altered backbone such as N-
alkyl amino acids [112–114], N-acyl amino acids [115], D-
amino acids [116], β-amino acids, oligopeptides [117, 118],
and even hydroxy acids [119, 120]. Moreover, as the prepara-
tion of aa-tRNAs by flexizymes is simple and straightforward,
it should facilitate the parallel preparation of various aa-
tRNAs in a high-throughput manner, which enables us to
carry out genetic code reprogramming conveniently. In fact,
more than 160 kinds of (amino) acids were charged onto
tRNAs using the flexizyme system in the past few years. Since
flexizymes also recognize conserved 3′-terminal three bases

(CCA-3′) of tRNA, they can aminoacylate virtually any tRNA
[103, 104]. Recently, Cornish and coworkers took advantage
of this tRNA flexibility of flexizymes to aminoacylate base-
modified tRNAs with their noncognate amino acids and used
the prepared aa-tRNAs to investigate differences in ribosome
recognition between the amino acid charged onto cognate
and noncognate tRNAs [121].

Bearing the advantages and disadvantages of each genetic
code reprogramming method in mind, scientists in this
research field moved onto the next step to select func-
tional non-standard peptides from genetically encoded non-
standard peptide libraries.

6. Selection of Functional
Nonstandard Peptides Generated by
Genetic Code Reprogramming

The first model study of the in vitro display selection of a
non-standard peptide prepared with a reconstituted transla-
tion system was reported by Forster et al. [122]. Five kinds of
biotinylated peptides bearing different lengths of polypeptide
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spacer were synthesized in a ribosome display format, and
biotinylated peptides with a spacer long enough to exit from
the ribosome tunnel were selectively pulled down using
streptavidin beads. However, in this paper, a diverse non-
standard peptide library was not constructed and a novel
functional non-standard peptide was not obtained. Very
recently, several papers have been published on the selection
of functional non-standard peptides by combining genetic
code reprogramming with mRNA display selection. In this
section, we review the preparation of non-standard libraries
and the results of the selection in these reports.

In 2011, Suga’s group published an important study
in which highly diverse non-standard peptide libraries
containing multiple different nonproteinogenic amino acids
were constructed in an mRNA display format, and a novel
non-standard peptide was selected from the libraries [5,
123]. Previously, the same group used the flexizyme system
to examine the synthesis of various non-standard peptides
in a ribosomal translation system [124] and reported the
following findings: (1) an N-chloroacetyl-amino acid residue
and cysteine residue on the same peptide were spontaneously
reacted in situ using a reconstituted translation system to
give a thioether-cyclized peptide without an intermolecular
side reaction between the N-terminal chloroacetyl group on
the peptide and the sulfhydryl group of the other translation
component such as a cysteine monomer and DTT [3, 108,
112, 113, 115, 125]; (2) N-methyl amino acids with an
aromatic side chain or noncharged and nonbulky side chains
are efficiently incorporated into peptides by the ribosome,
and multiple N-methyl amino acids can be incorporated
simultaneously into a peptide to give various sequences
of thioether-cyclized N-methyl-peptides [112]; and (3) the
translation initiation apparatus accepts D-amino acids with
hydrophobic side chain as relatively good initiators, and
pre-N-acylation of D-aa-tRNA dramatically increases the
efficiency of translation initiation [116]. On the basis of these
studies, Yamagishi et al. generated non-standard peptide
libraries in which N-chloroacetyl-D-tryptophan was reas-
signed to the AUG start codon and N-methyl-phenylalanine,
N-methyl-serine, N-methyl-glycine, and N-methyl-alanine
were individually reassigned to the UUU, CUU, AUU, and
GCU codons, respectively (Figure 4(a)) [5]. The thioether-
cyclized N-methyl-peptide libraries containing 8–15 random
residues were expressed in the mRNA display format by
using a translation system reconstituted from a limited set
of proteinogenic amino acids and their cognate aaRSs. After
reverse transcription, the non-standard peptide libraries
were used without any purification for in vitro selection
against site-specifically biotinylated E6-associated protein
(E6AP) together with negative selection using E6AP-free
beads. Significantly, unlike the previous report of in vitro
selection from cyclic peptide library containing an N-
methyl amino acid with genetic code expansion where
the selected peptides did not contain the N-methyl amino
acid [74], all of the peptides obtained after this in vitro
selection contained multiple different N-methyl amino acids
inside the macrocyclized peptide ring. The most abundant
cyclic N-methyl-peptide among the sequenced clones was
chemically synthesized and further characterized. The cyclic

N-methyl-peptide exhibited high affinity for E6AP (0.6 nM),
and despite the fact that the peptide sequence was obtained
by affinity selection, it inhibited self-ubiquitination of E6AP
in vitro. More importantly, removing all of the N-methyl
groups from the backbone of the cyclic N-methyl-peptide
dramatically decreased its affinity for E6AP, suggesting that
such a cyclic N-methyl-peptide is nearly impossible to obtain
using conventional approaches, such as the combination
of selection from standard peptide libraries and following
N-methyl modification of the selected peptide. Also, the
cyclic N-methyl peptide showed 200-times higher affinity
than its linear counterpart, which demonstrates that macro-
cyclization of the N-methyl-peptide is important for its
binding to E6AP. Moreover, it was shown that both the N-
methylated backbone and macrocyclization of the cyclic N-
methyl peptide also contributed to the stability of the cyclic
N-methyl-peptide against peptidases in human plasma.

The same research group also obtained protein kinase
Akt2 inhibitors by mRNA display selection from thioether-
cyclized peptide libraries generated by using the flexizyme
system (Figure 4(b)) [126]. Peptide libraries containing 4–
12 random residues cyclized with either L or D isomers
of N-chloroacetyl-tyrosine reassigned to the initiation AUG
codon were expressed and used for selection against Akt2
immobilized on Ni-NTA beads together with negative
selection against Akt2-free beads to remove His-tagged
translation components and undesired bead binders. After
six rounds of selection, the selected cyclic L- and D-peptides
converged to completely distinct sequences, indicating that
one configurational difference in the macrocyclized peptides
may provide different sequence spaces. In this study, even
though enzymatically inactive Akt2 was used for selection,
some of the selected peptides showed potent inhibitory
activity against active Akt2. On the other hand, despite the
fact that the recovery rate after the six rounds of selection
between the enriched L- and D-peptide display libraries was
at the same level, the most abundant L- and D-peptides
showed a different level of inhibitory activity. In addition,
the frequency of the selected peptides did not correlate with
the inhibitory potency of the selected peptides, indicating
the difficulty in identifying the best inhibitor by using only
binding-based selection. Even so, the authors successfully
obtained potent Akt2 inhibitors by screening chemically
synthesized multiple peptides discovered by in vitro selection.
Interestingly, in vitro inhibition assays of the selected L-
peptides revealed not only high kinase family specificity but
also high Akt isoform specificity, for example, Akt2 (IC50 =
110 nM) over Akt1 (IC50 ≥ 25,000 nM) and Akt3 (IC50 =
4,200 nM) for Pakti-L1 peptide.

To obtain strong inhibitors by using binding-based
in vitro selection, Morimoto et al. performed mRNA
display selection from cyclic peptide libraries contain-
ing N-6-trifluoroacetyl-L-lysine (CF3K), a nonproteinogenic
amino acid inhibitor of its target enzyme (Figure 4(c))
[127]. In this paper, in addition to each enantiomer of
N-chloroacetyl-tyrosine at the initiation AUG codon, CF3K
was simultaneously reassigned to the elongation AUG codon.
Thioether-cyclized CF3K-peptide libraries containing 7–11
random residues were prepared and used to select against
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Figure 4: Selection of nonstandard peptides from libraries generated by flexizyme-based genetic code reprogramming. The flexizyme system
was used to acylate tRNAs with nonproteinogenic amino acids. The nonstandard peptide libraries were expressed in a reconstituted cell-free
translation system in the mRNA display format. (a)Selection of cyclic N-methyl-peptides against E6AP. N-Chloroacetyl-D-tryptophan was
reassigned to AUG, and four N-methyl-L-amino acids were independently reassigned to one of the NNU codons. (b)Selection of thioether-
cyclized peptides against Akt2. Each enantiomer of N-chloroacetyltyrosine was reassigned to the initiation AUG codon. (c)Selection of cyclic
peptides containing N-6-trifluoroacetyl-L lysine against sirtuin 2 (SIRT2). Each enantiomer of N-chloroacetyl-tyrosine was reassigned to
the initiation AUG codon and N-6-trifluoroacetyl-L-lysine (CF3K) was reassigned to the elongation AUG codon.
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NAD-dependent deacetylase sirtuin-2 (SIRT2) immobilized
on Ni-NTA beads. After six or seven rounds of selection,
although various sequences were seen at the randomized
positions, the R-I/V-CF3K-RY sequence was preferred in the
vicinity of the N-6-trifluoroacetyl-L-lysine residue. After
confirming the inhibition of in vitro-selected cyclic CF3K-
peptides expressed in the translation system, in vitro binding
and inhibition assays were performed against two chemically
synthesized representative cyclic CF3K-peptides. Importantly,
the inhibitory activity of the cyclic CF3K-peptides against
SIRT2 correlated well with their binding activity toward
SIRT2, and the peptides exhibited high inhibitory activity
against SIRT2 (IC50 = 3-4 nM). On the other hand, the
cyclic CF3K-peptides showed a similar IC50 value against
SIRT2 to their linear versions (5-6 nM), and the authors
showed that the R-I/V-CF3K-RY short peptide segment con-
tributed strongly to their SIRT2 inhibitory activity, whereas
the constrained macrocyclic structure did not make much
contribution. Similarly to the in vitro-selected Akt2 inhibitor
peptides, in vitro-selected SIRT2 inhibitor peptides also
showed isoform specificity against SIRT2 (IC50 = 3.2 nM)
over SIRT1 (IC50 = 47 nM) and SIRT3 (IC50 = 480 nM).

By taking a different genetic code reprogramming
method from Suga’s group, Szostak’s group demonstrated
mRNA display selection from a highly modified non-
standard peptide library containing 12 different proteino-
genic amino acid analogs (Figure 5(a)) [128]. A peptide
library containing 10 random residues between 2 Cys
residues was expressed and displayed on encoding mRNAs in
the reconstituted translation system with 8 proteinogenic
amino acids and 12 nonproteinogenic amino acids. The
peptide-mRNA fusion libraries were then cyclized by the
addition of 1,3-di(bromomethyl)benzene after oligo-dT
purification. After reverse transcription and Ni-NTA purifi-
cation, the non-standard cyclic peptide library was subjected
to selection against biotinylated thrombin protease, and
active species were eluted selectively from streptavidin beads
using the thrombin inhibitor hirudin. After 10 rounds of
selection, several conserved sequences were observed, and
importantly, the selected peptides had 50% nonproteino-
genic amino acids in sequences that were distinct from the
sequences obtained by selection using proteinogenic amino
acids. The two most abundant peptides synthesized by the
ribosomal translation system showed high affinity (Kd = 4.5
and 20 nM) and inhibitory activity (K

app
i = 23 and 35 nM)

against thrombin, while the parent linear peptides did not.
Moreover, the “proteinogenic analogs” of the two peptides
did not bind to thrombin (Kd > 500 nM), suggesting that
the incorporation of side-chain-modified amino acids may
provide a different sequence space from that obtained with
proteinogenic amino acids.

By using a similar approach, Hofmann et al. reported
mRNA display selection from lanthionine-containing cyclic
peptide libraries generated by the ribosomal incorporation
of L-4-selenalysine (Figure 5(b)) [129]. 4-Selenalysine was
reassigned to the AAA codon by adding 4-selenalysine
instead of lysine to a reconstituted translation system, and a
library containing nine random residues was generated. After
oligo-dT purification, the 4-selenalysine residue was oxidized

and converted to dehydroalanine, which was then reacted
with the sulfhydryl group on the cysteine residue [130, 131].
After reverse transcription and Ni-NTA purification, the
resulting cyclic lantipeptide libraries were used for selection
against chemically biotinylated sortase A. After five rounds
of selection, several conserved sequences were obtained,
and the stereochemistry of the selected lantipeptides was
determined through chemical peptide synthesis. While the
peptides from one family bound sortase A with an affinity
of 3–32 μM, none of the peptides from the other family
bound it, suggesting that the sequences in the second family
were selected by a different selection pressure from sortase
A binding. Moreover, the best sortase A binding peptide did
not inhibit its activity.

Taken together, genetic code reprogramming has been
successfully combined with in vitro display for the selection
of non-standard peptide libraries, and it has been shown
that most non-standard peptides obtained by this method
possess inhibitory activity in vitro. Future work will involve
demonstrating the activity of the obtained non-standard
peptides in vivo (not only in cultured cells, but also in an
animal model).

7. Conclusions and Perspectives

In this paper, we have described the current strategies
for the generation of genetically encoded libraries of non-
standard peptides and the application of these strategies to
the selection of novel functional non-standard peptides. The
potential of non-standard peptides has markedly increased
following the development of technologies that can generate
highly diverse libraries of drug-like non-standard peptides.
However, although the selection of several non-standard
peptides has been demonstrated, some problems remain to
be addressed. One is that there are some limitations to the
types of nonproteinogenic amino acids that can be used
in a ribosomal translation system. Although the translation
system accepts a variety of side-chain-modified amino
acids [22, 132], backbone-modified amino acids are less
compatible with a ribosomal translation system. For exam-
ple, Tan et al. showed that D-amino acids (D-alanine, D-
phenylalanine) and β-amino acids (homo-L-alanine, homo-
L-phenylalanine) were not compatible with their reconsti-
tuted translation system [133], and Hartman et al. also
showed that several β-amino acids were not compatible with
their reconstituted translation system [100]. We believe that
more precise experiments will be required to determine
the compatibility of D- and β-amino acids with ribosomal
translation systems. Following this reevaluation of nonpro-
teinogenic amino acids, further studies on the engineering
of translation factors, such as the ribosome [134–136],
elongation factor Tu [137, 138], and tRNA [139–141], will be
required to overcome these limitations. The second problem
is the low cell permeability of peptides. Many potential drug
targets are located inside cells, requiring that non-standard
peptides have good cell permeability. Since the N-alkyl group
increases the permeability of a peptide, the incorporation
of N-alkyl-amino acids into the genetic code might address
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Figure 5: Selection of nonstandard peptides from libraries generated by aaRS-based genetic code reprogramming. Nonproteinogenic
amino acids were charged onto tRNA by aaRS misacylation. The non-standard peptide libraries were expressed in a reconstituted cell-
free translation system in the mRNA display format. (a) Selection of non-standard peptides from libraries containing 12 different
nonproteinogenic amino acids (12 proteinogenic amino acid analogs). The nonproteinogenic amino acids were reassigned to NNK codons.
The peptides were cyclized by the addition of 1,3-di(bromomethyl)benzene to react with the sulfhydryl groups on the two cysteine residues
of the peptides. The cyclic peptide library, containing 10 random residues, was used for the selection of thrombin inhibitors. (b) Selection of
sortase A binding lantipeptides. L-4-selenalysine was reassigned to the AAA codon. The L-4-selenalysine residue was oxidized and converted
to dehydroalanine, which was used for cyclization of the peptide. The cyclic peptide library, containing nine random residues, was used for
selection.

this problem [112, 113, 142, 143]. Another problem is
the fact that the mRNA display method used for selection
from highly diverse non-standard peptide libraries is still a
laborious and time-consuming technique involving multiple
steps. A method to prepare peptide/DNA or peptide/mRNA
complex libraries continuously from the corresponding DNA
libraries such as CIS display or ribosome display may
allow for high-speed library preparation, even though these
methods have not been applied to the generation of a highly
diverse non-standard peptide library [7, 144]. Nevertheless,
it is clear that more improvements of in vitro display
techniques are required for the development of high-speed
non-standard peptide selection.

Genetic code expansion and reprogramming strategies
enable us to generate genetically encoded libraries of non-
standard peptides. The value of non-standard peptide
libraries will increase as these strategies are developed
further. Selection from the genetically encoded non-standard
peptide libraries will provide new ways to generate various
novel functional peptides that are valuable for biological,
therapeutic, and diagnostic applications.
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Glycoconjugates play various roles in biological processes. In particular, oligosaccharides on the surface of animal cells are
involved in virus infection and cell-cell communication. Inhibitors of carbohydrate-protein interactions are potential antiviral
drugs. Several anti-influenza drugs such as oseltamivir and zanamivir are derivatives of sialic acid, which inhibits neuraminidase.
However, it is very difficult to prepare a diverse range of sugar derivatives by chemical synthesis or by the isolation of natural
products. In addition, the pathogenic capsular polysaccharides of bacteria are carbohydrate antigens, for which a safe and
efficacious method of vaccination is required. Phage-display technology has been improved to enable the identification of peptides
that bind to carbohydrate-binding proteins, such as lectins and antibodies, from a large repertoire of peptide sequences. These
peptides are known as “carbohydrate-mimetic peptides (CMPs)” because they mimic carbohydrate structures. Compared to
carbohydrate derivatives, it is easy to prepare mono- and multivalent peptides and then to modify them to create various
derivatives. Such mimetic peptides are available as peptide inhibitors of carbohydrate-protein interactions and peptide mimotopes
that are conjugated with adjuvant for vaccination.

1. Introduction

A variety of glycoconjugate carbohydrate structures on the
cell surface are important for biological events [1]. Carbo-
hydrate structures on the cell surface change according to
cell status, for example, during development, differentiation,
and malignant alteration. Several glycoconjugates, including
stage-specific embryonic antigen (SSEA)-3, SSEA-4, and
tumor-rejection antigen (TRA)-1-60, are used as molec-
ular makers of pluripotency to control the quality of
induced pluripotent stem (iPS) cells [2]. Carbohydrate-
protein interactions are the first cell surface events in cell-cell
communication, following which processes such as infection
and signal transduction occur. However, the reasons for the
changes in carbohydrate structures on the cell surface are
not clear. In addition, most receptors for glycoconjugates
have not been identified. To investigate the biological roles of
carbohydrates, sets of carbohydrates and their corresponding
carbohydrate-binding proteins are required.

Carbohydrate-binding proteins such as plant lectins,
bacterial toxins, and anticarbohydrate antibodies are avail-
able for studying carbohydrate-protein interactions [3, 4].
However, the repertoire of carbohydrate structures recog-
nized by these proteins is limited and insufficient to cover
the majority of structures. In addition, because carbohy-
drates are ubiquitous components of cell membranes and
bio(macro)molecules, the immune response stimulated by
glycoconjugates is negligible [5, 6], that is, high affinity
carbohydrate-specific IgG-isotype antibodies are not easily
obtained. Even if anticarbohydrate antibodies are generated,
IgG comprises no more than 28% of the antibodies (74 IgGs
in a total of 268 antibodies, with the remainder being IgMs)
[7]. Therefore, while anticarbohydrate antibodies of the
IgG isotype are preferred for carbohydrate research, IgM-
antibodies with low affinity have been often used. Moreover,
obtaining pure and homogeneous carbohydrates (or glyco-
conjugates) is very difficult. This is because regioselective
protection of the hydroxy groups of the monosaccharide is
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required. Programmable one-pot oligosaccharide synthesis is
widely performed using protected monosaccharides and/or
oligosaccharides [8–10]. Enzyme-catalyzed oligosaccharide
synthesis has been also developed [10–12]. Several oligosac-
charides such as KH-1 antigen (nonasaccharide of LeY-LeX),
globo-H hexasaccharide, and the core pentamannosides have
been prepared by automated solid-phase oligosaccharide
synthesis [8]. However, due to the complicated procedures
of carbohydrate preparation, a general methodology for their
chemical synthesis is not yet established.

To compensate for the lack of synthetic carbohydrates
and to overcome their inherent weak immunogenicity,
short peptides that bind to carbohydrate-binding proteins
have been identified from phage-display libraries (Figure 1).
These peptides mimic carbohydrate structures [13] and are
called “carbohydrate-mimetic peptides (CMPs)” or “peptide
mimotopes.” It is predicted that CMPs, as well as carbo-
hydrates, are recognized by carbohydrate-binding proteins.
Small molecules such as biotin and carbohydrate mimotope
(Glycotope) mimicking peptides have been frequently iden-
tified, and a number of reviews focusing on different aspects
of their properties and uses have been published [14–16]. In
this paper, recent studies on the selection and application
of CMPs are surveyed and summarized according to the
classification of target carbohydrate-binding proteins.

2. Peptide Selection from Phage Display
Libraries

Phage display is an efficient selection (and screening) system
for the identification of target-specific peptides and proteins
from a large number of candidates [20–22]. A filamentous
virus (M13 and fd, etc.) that infects E. coli is frequently used
in phage display technology. When DNA encoding foreign
sequences is inserted into the coat protein (pIII or pVIII)
region in the virus genome (M13 phage vector, etc.), the
corresponding sequence is fused with the coat protein of
the viral particle (Figure 2(a)) [20]. The foreign sequence is
“displayed” on the viral particle and is able to interact with
various types of target molecules.

In the case of peptide libraries, the length of the peptides
is often 5–20 amino acids. There are two types of peptide
library: linear peptide libraries and cyclic peptide libraries
(Figure 2(b)). The randomized region of cyclic peptide
libraries is surrounded by two cysteines (e.g., CX7C) to
restrict the peptide conformation via disulfide bonds. The
diversity of a peptide library is often 108-109, which is
sufficient to cover a combination of hexapeptide libraries
(X6; 206 = 6.4 × 107). Several kinds of peptide libraries
(e.g., Ph.D. Phage Display Peptide Library Kits, New England
Biolabs) and customizable phage vectors (Ph.D. Peptide
Display Cloning System) are commercially available.

To isolate phage clones that have high affinity for a
target molecule, a set of procedures called “affinity selection
(biopanning)” is performed (Figure 2(c)). First, the target
molecule is incubated with the phage library in order
to bind to specific peptide sequences. After removal of
excess phages by washing, the bound phages are eluted by

incubation with a known ligand for the target or an acidic
buffer. The phages are amplified by infection of hosts (E.
coli), and the phage pool is subjected to another round of
biopanning. By repeating these steps, target-binding phages
are enriched, and, finally, phage clones are obtained. The
peptides with high affinity for the target molecule are iden-
tified by DNA sequencing of individual phage clones. Huang
and coworkers established a mimotope database MimoDB
(http://immunet.cn/mimodb/) that contains the results of
biopanning experiments including the phage libraries used
and the peptide sequences identified [23, 24]. This database
will help in the development of therapeutic molecules
and the identification of superior peptide mimotopes for
vaccination.

3. CMPs against Lectins

3.1. Monosaccharide-Mimetic Peptides. Most lectins recog-
nize monosaccharides and disaccharides [4]. Concanavalin
A (ConA) is a lectin from jack-bean (Canavalia ensiformis)
that binds to α-mannose (α-Man) and α-glucose (α-Glc).
ConA is a famous lectin that is commercially available for the
biological investigation of glycoconjugates. The first CMPs
were selected from a random peptide library against ConA
simultaneously by Oldenburg et al. (octapeptide library)
[25] and Scott et al. (hexapeptide library) [13] (Table 1).
Peptides containing the consensus sequence, Tyr-Pro-Tyr
(YPY), showed high affinity for ConA with a dissociation
constant (Kd) of 46 μM, and the Kd for methyl α-Man was
89 μM. The peptides are considered to mimic the structure
of carbohydrates because the ConA-peptide interaction was
inhibited by α-Man.

To obtain Man/Glc-mimetic peptides, Yu et al. used three
lectins, including ConA, Lens culinaris agglutinin (LCA)
from lentil, and Pisum sativum agglutinin (PSA) from pea
[31]. Two cyclic peptides, CNTPLTSRC and CSRILTAAC,
were selected from a cyclic heptapeptide library, but these
peptides did not contain the YPY motif. Docking simulation
of the peptide-lectin interaction suggested that the cyclic
peptides bound to an alternative binding site, not to the
sugar-binding site that is recognized by YPY-containing
peptides. In another screen using monosaccharide-binding
lectins, Eggink and Hoober identified a GalNAc/Gal-mimetic
dodecapeptide, VQATQSNQHTPR, that was selected against
Helix pomatia (HPA) lectin [32]. A tetrameric dendrimer
of the peptide, [(VQATQSNQHTPR)2 K]2 K, was synthesized
chemically (Figure 3), which was shown to stimulate the
secretion of interleukin (IL)-8 and IL-21 from human
peripheral blood mononuclear cells (PBMCs).

3.2. Disaccharide-Mimetic Peptides. The Galα1-3Gal disac-
charide is recognized by Griffonia simplicifolia I-B4 (GS-
I-B4) and Bandeiraea simplicifolia isolectin B4 (BS-I-B4)
(Figure 4). The Galα1-3Gal structure is a major carbohydrate
antigen recognized by human anti-pig antibodies, and
inhibitors of human natural antibodies may be useful in pig-
to-human xenotransplantation. Kooyman et al. identified
a peptide sequence, SSLRGF, that binds to GS-I-B4 lectin
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from a hexapeptide library [27]. Zhan et al. identified a
peptide, NCVSPYWCEPLAPSARA, by selection with BS-I-
B4 lectin [28]. These peptides, SSLRGF and NCVSPYW-
CEPLAPSARA, inhibited the agglutination of pig red blood
cells (RBCs) by human serum. Two peptides, FHENWPS
and FHEFWPT, that inhibit the agglutination of RBCs
were identified by selection against anti-Gal antibody by
Lang et al. [42]. However, the peptides identified from three
selections contained no obvious consensus sequence.

Influenza virus hemagglutinin (HA) recognizes sialyl-
galactose structures (Neu5Ac-Gal) in glycoproteins and

glycolipids on the cell surface in the initial stage of the
infection process (Figure 4). Matsubara et al. identified
CMPs from a pentadecapeptide library by selection with
HAs of the H1 and H3 subtypes [17]. A HA-binding
peptide, ARLSPTMVHPNGAQP, was identified from the
first selection, and mutational sublibraries were prepared. A
secondary selection was performed to improve the binding
affinity for HAs, and the peptide was matured to pep-
tide s2, ARLPRTMVHPKPAQP. The peptide was modified
with a stearoyl group, and a molecular assembly of the
alkylated peptides inhibited the infection of Madin-Darby
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canine kidney cells by influenza virus (Figure 3). Finally, a
pentapeptide fragment from the N-terminal of s2, ARLPR
[s2(1–5)], was found to show the highest inhibitory activity.
A docking study of the interaction between the peptide
s2(1–5) and HA suggested that the peptide is recognized
by the Neu5Ac-Gal receptor-binding pocket (Figure 5(a)).
The figure indicates that three side chains of H3HA (Ser
136, Asn137, and Glu190) have the potential to interact with
the peptide instead of Neu5Ac, and hydrophobic residues
(Leu194, Leu226, and Trp222) are close to the peptide
(Figure 5(b)).

4. CMPs against Oligosaccharide-Binding
Antibodies

4.1. Oligosaccharide-Mimetic Peptides for Inhibition. Glyco-
proteins and glycosphingolipids have unique oligosaccha-
ride structures at their nonreducing termini [1]. Cell-cell

communication is performed by oligosaccharides that are
recognized by families of cell adhesion proteins such as
selectins and sialic acid-binding immunoglobulin- (Ig-) like
lectins (siglecs). Pathogenic viruses, toxins, and bacteria also
recognize oligosaccharide structures [3]. Because an abun-
dant variety of oligosaccharide structures relates to many
carbohydrate-protein interactions, oligosaccharide-mimetic
peptides mediate many kinds of inhibitory activities.

The sialyl-LewisX (sLeX) structure, Neu5Acα2-3Galβ1-
4(Fucα1-3)GlcNAc, is recognized by E-selectin and is a
famous carbohydrate antigen (Figure 4). sLeX-mimetic pep-
tides were identified by selection against E-selectin [29, 30]
and anti-sLeX antibody [36] (Tables 1 and 2). Martens
et al. identified the HITWDQLWNVMN peptide and fur-
ther optimized the sequence as DITWDQLWDLMK using
a mutagenesis library [29]. The binding affinity of the
synthetic peptide for E-selectin was improved 100-fold by
this optimization (IC50 for sLeX binding to E-selectin; from
420 nM to 4 nM). The DITWDQLWDLMK peptide inhibited
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Figure 5: (a) Computer simulation of the interaction between peptide s2(1–5) and HA. A docking pose of the s2(1–5)-HA complex (left)
and schematic diagram of the binding site of HA (right). The peptide is thought to be recognized by the Neu5Ac-Gal receptor-binding
pocket. The peptide is shown as a stick model. Three potential hydrogen bonds (green dotted lines) between H3 and s2(1–5) are proposed
(Glu190-Leu3, Ser136-Pro4, and Asn137-Arg5), which are similar to those in H3-Neu5Ac. Adapted from reference [17]. (b) Schematic
diagram of the binding site of H3HA (Protein Data Bank entry, 1HGG). Neu5Acα2–3Gal-Glc (sialyllactose) is shown in red. Modified
from [18]. (c) Comparison of the polar interactions shown in the oligosaccharide (O-antigen of S. flexneri serotype 2a) and peptide B1
(YLEDWIKYNNQK) complexes of monoclonal antibody F22-4. The peptide and oligosaccharide ligands are distinguished by carbon atoms
shown in cyan and pink, respectively (P, peptide; Rha, rhamnose). The carbon atoms of the F22-4 residues are shown in green (H, heavy
chain; L, light chain). Adapted from [19].

the adhesion of HL-60 cells and reduced neutrophil rolling
on lipopolysaccharide- (LPS-) stimulated human umbilical
vein endothelial cells. Qiu et al. designed WRY-containing
peptides from the sLeX-mimetic peptide sequences, but these
peptides cross-reacted with anti-LewisY antibody. Octameric
multiple antigen peptides (MAPs) were conjugated with
QS-21 adjuvant, which resulted in cytotoxic IgM and IgG
antibodies (Figures 3 and 6). MAPs, in which peptides are
attached to an octabranched amino acid backbone, are used
to generate antibodies against a synthetic peptide, which is
useful for the design of vaccines [94]. Katagihallimath et al.

selected a cyclic CSRLNYLHC peptide against anti-LeX anti-
body [37]. The trisaccharide LeX structure is known as CD15
or SSEA-1, and this structure is expressed in the developing
and adult murine central nervous system. The LeX mimetic
peptide inhibited CD24-induced neurite outgrowth.

Neutral glycosphingolipid Lc4Cer-mimetic peptides
showed unique activity [46] (Table 3). Lc4Cer contains
Galβ1-3GlcNAcβ1-3Galβ1-4Glc tetrasaccharide that is
linked to ceramide (Figure 4), and Jack bean β-galactosidase
digests a nonreducing terminus β-Gal to give Lc3Cer.
The Lc4Cer-mimetic peptides inhibited digestion by
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Table 1: Summary of the selection of CMPs with lectins.

Target lectins
(abbreviations)

Peptide
library

Peptide motif or
representative sequences

(peptide name)

Lectin-binding
carbohydrate structures

References Notes∗

Concanavalin A (ConA) X8, X6 YPY motif Man; Glc
[13, 25,

26]
Inhibition of Man binding

Griffonia simplicifolia
I-B4 isolectin (GS-I-B4)

X6 SSLRGF Galα1-3Gal [27]
Inhibition of RBC
agglutination

Bandeiraea simplicifolia
I-B4 isolectin (BS-I-B4)

XCX15 NCVSPYWCEPLAPSARA Galα1-3Gal [28]
Inhibition of RBC
agglutination

E-selectin

X12 DITWDQLWDLMK
Sialyl LewisX

[Neu5Acα2-3Galβ1-
4(Fucα1–3)GlcNAc]

[29]
Inhibition of cell adhesion,
reduction of neutrophil
rolling, and so forth

X7
IELLQAR [30]

Octameric MAP, inhibition
of HL-60, and B16 cell
adhesion

Concanavalin A (ConA);
Lens culinaris agglutinin
(LCA); Pisum sativum
agglutinin (PSA)

X12, CX7C CNTPLTSRC; CSRILTAAC Man; Glc [31]
Inhibition of Man binding;
docking study

Lectin from Helix
pomatia (HPA)

X12 VQATQSNQHTPRGGGS
O-linked α-GalNAc;

Galβ1-3GalNAc;
α-GlcNAc

[32]

Tetrameric dendrimer,
stimulation of IL-8, and
IL-21 secretion

Lipopolysaccharide
(LPS) binding protein
(LBP); CD14

X12 FHRWPTWPLPSP (MP12) Lipopolysaccharide [33]
Inhibition of LPS-induced
INF-α expression

Influenza virus
hemagglutinin (HA)

X15
ARLPRTMVHPKPAQP
(s2); ARLPR [s2(1–5)]

Neu5Acα2-3Gal [17]
N-stearoyl peptide;
inhibition of flu infection

∗
RBC: red blood cell; IL: interleukin; INF: interferon.

β-galactosidase at a high concentration of enzyme, whereas
the peptides enhanced the digestion of Lc4Cer at lower
concentration of enzyme. This unique activity of the
peptides was also shown in the digestion of nLc4Cer. This
group also identified WHW-containing peptides such
as WHWRHRIPLQLAAGR by selection with anti-GD1α

antibody [47]. The ganglioside GD1α is cell adhesion
molecule of murine metastatic large cell lymphoma
(RAW117-H10 cells) that binds to endothelial cells.
GD1α-mimetic peptides inhibited the adhesion between
RAW117-H10 cells and hepatic sinusoidal endothelial (HSE)
cells. Furthermore, the metastasis of RAW117-H10 cells to
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lung and spleen was completely inhibited by the intravenous
injection of the peptide. Subsequently, WHW was found
to be a minimal sequence that mimics the GD1α structure
[48]. To modify the liposome surface with the WHW
peptide, the WHW tripeptide was conjugated to alkyl groups
such as palmitoyl or stearoyl groups (Figure 3). Coating
of liposomes with peptides is often performed in drug
delivery systems. The WHW-modified liposomes inhibited
the adhesion between RAW117-H10 cells and HSE cells.

Tryptophan/tyrosine-containing tripeptides (YPY for
ConA, WRY for sLeX(Y), and WHW for GD1α) may com-
prise a key sequence that mimics oligosaccharide struc-
ture. Although Gb3 (Galα1-4Galβ1-4Glc trisaccharide) is
dissimilar to the disaccharide (Galβ1-3GlcNAcβ) structure
of Lc4 at the nonreducing terminus, Miura et al. identified
a WHW-containing peptide (WHWTWLSEY) that mimics
the Gb3 structure [60]. Gb3 is well known as a receptor
for Shiga toxin (Stx). The Gb3-mimetic peptide showed
neutralization activity against Stxs (Stx-1 and Stx-2) in a
HeLa cell cytotoxicity assay. The binding affinity of the Gb3-
mimetic peptide for Stx-1 was also investigated by surface
plasmon resonance analysis (Kd = 1.4 nM).

4.2. Oligosaccharide-Mimetic Peptides for Vaccination. The
immunogenicity of oligosaccharides is weak because
oligosaccharides are ubiquitous components of cell
membranes in tissues throughout the human body. When
antioligosaccharide antibodies are generated, they attack
these tissues and cause the risk of autoimmune disease.
For example, lipopolysaccharides of Campylobacter jejuni
isolated from GBS patients contain ganglioside-like epitopes
such as GM1, GM1b, GD1a, and GalNAc-GDla, and these
epitopes induce Guillain-Barre syndrome [95]. However,
this low immunogenicity interferes with the preparation
of antioligosaccharide antibodies that are useful for the
investigation of glycoconjugate function.

To improve the binding affinity, specificity and cyto-
toxicity of antibodies, oligosaccharide-mimetic peptides are
applied as peptide mimotopes of carbohydrate antigens for
vaccination (Figure 6). Oligosaccharide-mimetic peptides
were identified by selection against LeX(Y) [34, 35, 37],
sLeX(Y) [36, 50], GD2 [36, 50–56], GD3 [36, 50, 59],
lipooligosaccharide (LOS) [38, 39], β-1,2-oligomannoside
[40], N-acetylglucosaminyl-β1,4-N-acetylmuramyl-alanyl-
d-isoglutamine (GMDP) [43], and high-mannose oligosac-
charide (Man9GlcNAc2 for HIV-1 gp120) [45]. The
oligosaccharide-mimetic peptides were chemically synthe-
sized and conjugated with adjuvant. To enhance the
immunogenicity of the peptides, MAPs were prepared and
resulted in dimeric, tetrameric, and octameric dendrimers
(Figure 3). The peptide-adjuvant conjugates were vaccinated,
with the adjuvants used being keyhole limpet hemocyanin
(KLH) [39, 40, 53, 54], QS-21 [36, 50, 54], diphtheria
toxoid (DT) [38], ovalbumin (OVA) [43], or very small size
proteoliposomes (VSSP) [59] (Figure 6, Tables 2 and 3). In
some cases, DNA vaccination was also performed [55, 56].
The CMP-induced antibodies are able to bind to peptide
mimotopes and carbohydrate antigens.

5. CMPs against Polysaccharide-Binding
Antibodies

Most polysaccharide-mimetic peptides to be applied for
vaccination are identified as peptide mimotopes of car-
bohydrate antigens (Figure 6). Capsular polysaccharides of
microorganisms are carbohydrate antigens, and it is known
that these polysaccharides cause meningoencephalitis in
immunocompromised patients, particularly those with AIDS
(polysaccharide from Cryptococcus neoformans), pneumonia
and bacteremia (Streptococcus pneumoniae), bacterial menin-
gitis (Neisseria meningitidis), cholera (Vibrio cholerae), tuber-
culosis (Mycobacterium tuberculosis), and so forth (Table 4).
These peptide mimotopes are potential antigens for safe
vaccination and are expected to produce highly cytotoxic
antibodies.

The typical methodology for vaccination uses a CMP-
conjugated adjuvant. Valadon et al. identified CMPs that
bind to anticryptococcal polysaccharide (glucuronoxylo-
mannan, GXM) monoclonal antibody 2H1 [64]. The CMPs
shared four motifs, for example, (E)TPXWM/LM/L and
W/YXWM/LYE, and the dodecapeptide, GLQYTPSWMLVG
(PA1) was found to bind 2H1 with a Kd of 295 nM [64].
The three-dimensional structure of 2H1 has been solved in
a complex with PA1 [65]. The peptide PA1 was improved
by selection from a PA1-based sublibrary, which identified
the peptide P206-1 (FGGETFTPDWMMEVAIDNE) [66].
The affinity of peptide 206-1 for 2H1 was 80-fold higher
than that of PA1 (Kd of 3.7 nM). Immunization of mice
with P206-1-tetanus toxoid (TT), but not PA1 or P601E
(DGASYSWMYEA), induced an anti-GXM response [66,
67].

Although antibodies against the capsular polysaccharide
of the same species (e.g., Neisseria meningitidis serogroup B)
were used, the CMPs identified were different and shared
no consensus motif [73, 75–80] (Table 4). This may be due
to the different antibodies used (HmenB3, 9-2-L3, 30H12,
Seam3, or 13D9), different primary peptide libraries (CX6C,
X9, CX9C, X12, or X15), or different selection conditions.
Harris et al. also concluded that the CMPs identified by
each antibody possessed distinct consensus motifs [72]. A
variety of peptide-conjugating adjuvants such as KLH, TT,
BSA, OVA, proteasome, and thyroglobulin have been used. In
some cases, phage particles were directly used for vaccination
[80, 86, 88], and a high level of the IgG2a subtype in the
response against CMPs was shown [80].

Theillet et al. clarified the structural mimicry of O-
antigen oligosaccharide by CMPs [19]. Figure 5(c) shows
a structural representation of the antibody-peptide com-
plex in which the sugar chains were replaced by amino
acids. Glc and GlcNAc were replaced by Tyr or Asp,
and one or more hydrogen bonds are indicated. On
the other hand, high-mannose oligosaccharide-mimic pep-
tide (2G12-1 peptide) binds to a neighboring pocket
of the oligosaccharide (Table 2) [45]. The binding site
for the DVFYPYPYASGS peptide, which was selected
against ConA, was different from the mannose/trimannose-
binding site [26]. However, the peptide inhibits α-
mannopyranoside binding to ConA [25], indicating that this
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peptide shows functional mimicry rather than structural
mimicry.

6. Conclusion

Anticarbohydrate antibodies are necessary for clarifying
the biological functions of carbohydrates, the detection of
carbohydrates during etiological diagnosis, and therapy for
carbohydrate-related diseases [7, 96]. Due to the difficulty in
obtaining homogeneous glycoconjugates and carbohydrate-
binding proteins, phage display libraries have been applied
for the identification of peptide mimotopes. In this paper,
the selection of CMPs was classified according to the types
of target carbohydrates. The first selection was performed
against lectins, and then the selections were performed
against anticarbohydrate antibodies. To apply the peptide
mimotopes for vaccination, this methodology is becoming
more widespread.
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Specific binders comprised of nucleic acids, that is, RNA/DNA aptamers, are attractive functional biopolymers owing to their
potential broad application in medicine, food hygiene, environmental analysis, and biological research. Despite the large number of
reports on selection of natural DNA/RNA aptamers, there are not many examples of direct screening of chemically modified nucleic
acid aptamers. This is because of (i) the inferior efficiency and accuracy of polymerase reactions involving transcription/reverse-
transcription of modified nucleotides compared with those of natural nucleotides, (ii) technical difficulties and additional time
and effort required when using modified nucleic acid libraries, and (iii) ambiguous efficacies of chemical modifications in binding
properties until recently; in contrast, the effects of chemical modifications on biostability are well studied using various nucleotide
analogs. Although reports on the direct screening of a modified nucleic acid library remain in the minority, chemical modifications
would be essential when further functional expansion of nucleic acid aptamers, in particular for medical and biological uses, is
considered. This paper focuses on enzymatic production of chemically modified nucleic acids and their application to random
screenings. In addition, recent advances and possible future research are also described.

1. Introduction

RNA/DNA aptamers, which are specific for a broad spectrum
of targets, can be artificially created by systematic evolution
of ligands by exponential enrichment (SELEX) methods [1,
2]. Large-scale chemical synthesis of RNA/DNA aptamers is
possible, and synthesizing them is less expensive than pro-
ducing antibodies; therefore, they have been considered as
alternatives to therapeutic antibodies. Although RNA/DNA
aptamers do not cause antibody-dependent cell-mediated
cytotoxicity (ADCC) and complement-dependent cytotox-
icity (CDC), their specific binding abilities are expected
to neutralize actions on the target and relieve symptoms.
Indeed, the first example of an aptamer drug, “Macugen
(pegaptanib sodium injection)” is being used for age-related
macular degeneration (AMD) therapy [3]. Pegaptanib is
a RNA-based aptamer that involves 2′-fluoropyrimidine
nucleotides (U, C) and 2′-methoxy purine nucleotides (A,
G) to remain intact under physiological conditions. In
addition, a branched polyethylene glycol strand (40 kDa)

and 3′-thymidylic acid are introduced at its 5′ and 3′ ends,
respectively. The 5′-end modification is known to prolong
circulation time in vivo as well as to enhance nuclease resis-
tance. Pegaptanib tightly binds to the vascular endothelial
growth factor (VEGF) in a Ca2+-dependent fashion with a
dissociation constant (Kd) of 200 pM, while the correspond-
ing aptamer, which lacks the 5′- and 3′-end capping, has
much higher affinity (Kd = 49± 6 pM at 37◦C in phosphate-
buffered saline containing 2 mM Ca2+). Incidentally, the Kd

value of the anti-VEGF antibody, “Avastin (bevacizumab),”
which is used for cancer therapies, is 1.1 nM at 25◦C. The
natural type of anti-VEGF RNA aptamers also shows high-
binding affinity at a picomolar range (Kd = 140 ± 4 pM
at 37◦C in phosphate-buffered saline containing no Ca2+)
[4], indicating that the effects of chemical modifications
on binding affinity are not significant, considering the
different Ca2+ concentrations used. In contrast, the effects
on biostability are remarkable; pegaptanib was found to be
stable after incubation at ambient temperature for 18 h in
human plasma containing ethylenediaminetetraacetic acid,
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whereas unmodified oligoribonucleic acids are known to
degrade within a few minutes in vivo [5].

Owing to the limited tolerance for modified substrates
of the RNA polymerase (T7 RNA polymerase) used for
SELEX, the 2′-methoxy (–OMe) groups need to be replaced
with 2′-hydroxy (–OH) groups of natural purine nucleotides
after obtaining the precursor from a modified RNA library
involving 2′-fluoro (–F) analogs of uridine and cytidine
and natural adenosine and guanosine (Figure 1). The post-
SELEX modifications have been successful in rendering
nuclease resistance but required considerable time and effort
because binding affinities could be markedly decreased or
eliminated, depending on the position of the replacement.
To overcome this problem, T7 RNA polymerase double-
mutant Y639F/H784A was used for enzymatic preparation
of the modified RNA library in the SELEX processes, and 2′-
OMe RNA aptamers specific to VEGF have been successfully
screened directly [6]. One of the 2′-OMe RNA aptamers that
could be minimized to 23-mer (which is an unusual short
length) was found to be quite stable, and no degradation was
observed after incubation at 37◦C for 96 h in plasma. Despite
being successful for direct screening, structural minimizing,
and biostability enhancing, these aptamers were found to
have binding affinities in a low nanomolar range that were
inferior to those of pegaptanib and its precursors.

This may be because the potential binding ability of the
chemical library used was inherently low, and/or the unusual
polymerase reaction would cause unfavorable critical biases
in the sequences of the chemical library constructed. Con-
versely, it may also be possible that differences in the selection
outcomes would not be sufficient to clarify their causes
because only a part of all possible sequences were screened.
This is a characteristic difficulty in SELEX when chemical
modification is involved. Regardless of this difficulty, a
polymerase reaction involving modified nucleotides is a key
step that should be improved and optimized to construct
desirable direct screening systems for modified RNA/DNA
aptamers when the SELEX methods are applied.

2. Enzymatic Modified
RNA/DNA Polymerization

2.1. Kinetics of Modified Substrate Triphosphates Incorporation
for SELEX. RNA/DNA polymerases incorporate substrate
triphosphates (NTPs/dNTPs) corresponding to the type of
bases on the template strand and successively add them to the
3′ end of the extending strand to form 3′,5′-phosphodiester
linkage. Some polymerases are known to accept chemically
modified NTPs/dNTPs as substrates and can produce nucleic
acid polymers containing foreign functionalities. Such poly-
merase reactions are applied to DNA sequencing [7–10],
fluorophore, and redox labeling [11, 12], expanding the
genetic alphabet [13–15], and preparing library for SELEX
[16–48]. Unlike enzymatic functional labeling of DNA,
for which modified dNTP is often used in the presence
of the corresponding natural dNTP to increase product
yields, modified NTP/dNTP is generally used in the absence
of the corresponding natural NTP/dNTP when modified

nucleic acid libraries are prepared. This is because the
natural nucleotide needs to be completely replaced with the
corresponding modified nucleotide at all sites incorporated
into the extending strand. In general, total replacement could
decrease the product yield because the catalytic efficiencies of
the polymerase may be affected by the modifications not only
for substrate triphosphate but also on the extending strand
and template. Previously reported kinetic studies using a base
modified nucleotide showed that the reaction efficiencies
of single modified nucleotide incorporation are drastically
decreased when the modifications exist on the 3′ terminus
of the extending strand, although the single incorporation
of the modified substrate proceeds smoothly at almost
the same rate as the corresponding natural substrate [37].
The results indicate that the successive incorporation of
modified nucleotides is the most difficult aspect of strand
extension. Therefore, the inefficiency of modified RNA/DNA
polymerization could naturally bias the outcomes of the
selection; it could unintentionally lead to the exclusion of
the sequences with the highest binding affinity. To reduce
this influence, reactions are often conducted under very
high enzyme and/or substrate concentrations to achieve
large reaction velocities. However, it should be noted that
such conditions are prone to result in a high frequency
of misincorporations. As the solution strategy, polymerase
variants, triphosphate analogs, and their combinations that
improve the reaction efficiency have been developed and are
still being studied. Furthermore, when modified DNA is used
in SELEX, the modified DNA is normally amplified indirectly
by a polymerase chain reaction (PCR) to prepare the next
library. After affinity selection, the selected modified DNA
is reverse transcribed and PCR amplified to natural DNA,
and then transcribed to modified DNA, even when PCR
amplification was available for the modification.

2.2. Library Preparation. T7 RNA polymerase and its vari-
ants have primarily been used for SELEX using modified
RNA. These polymerases could accept NTP analogs of 2′-
thio (–SH) [17], 2′-amino (–NH2) [19], 2′-azido (–N3)
[29], 2′-hydroxymethyl (–CH2OH) [33], and 4′-thio (–
S–) [39] in addition to 2′-F and 2′-OMe as substrates.
Furthermore, NTP analogs with base modification (e.g.,
C5-modified uridines and cytidines) and with phosphate-
modified nucleosides (e.g., 5′-(α-thio)triphosphates and 5′-
(α-borano)triphosphates) [21, 30], which are available for
modified RNA polymerization, have also been reported.
It is known that polymerization by T7 RNA polymerases
starts with the generation of purine-rich oligonucleotide
with a length of approximately 10 residues in the initiation
step, and the composition of the leader oligonucleotide,
preferably with guanosine residues, greatly influences the
transcript yields [49]. In the initiation step, the polymerases
are sensitive to modifications of the 2′-hydroxyl group,
while recognition of the 2′-position is tolerated during
the elongation step [50]. Therefore, reactions are often
performed using modified NTPs plus a low ratio of natural
GTP to increase transcript yields. For example, a highly
modified 2′-OMe RNA library was provided in sufficient
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Figure 1: Preparation scheme for chemically modified nucleic acid aptamers that bind to VEGF. High nuclease-resistant 2′-methoxy
nucleotides were introduced through Post-SELEX modification process (left), and fully modified 2′-OMe RNA aptamers were directly
selected from a library of 2′-OMe transcripts (right).

yield by a reaction containing four 2′-OMe NTPs and natural
GTP, which was catalyzed by the T7 RNA polymerase variant
(Y639F/H784A) and initiated by the formation of the leader
oligonucleotide with a sequence of GGGAGAGGAGAGAA
[6]. Thus, preparations of modified RNA libraries typically
require a low ratio of natural GTP or both GTP and ATP, and
polymerase mutation could reduce the ratio.

For SELEX using modified DNA, certain thermophilic
DNA polymerases, for example, Pwo, Pfu, Vent(exo-), Deep
Vent(exo-), and KOD Dash, that belong to the evolutional
family B, were found to be preferable to other types of DNA
polymerases [31]. Especially in successive incorporations
of modified nucleotides, those polymerases were found to
exhibit much superior performance than family A DNA
polymerases such as Taq, Tth, and thermo sequenase. In addi-
tion, a family D DNA polymerase derived from Pyrococcus
horikoshii did not show any tolerance for chemical modifi-
cation in the experiments using C5-substituted pyrimidine
nucleoside triphosphates [41]. The efficiency of enzymatic
production using modified dNTP varies depending on
the site where the substituent is introduced. As for base
modification, dNTP analogs with pyrimidine substituted
at the 5th position and purine substituted at the 7th
position of the base moiety tend to be acceptable for
DNA polymerases and act as good substrates [27, 32].
Modified purine nucleotide analogs at the 8th position can
also be incorporated but with lower efficiency [10, 42]. In
addition, sugar modifications such as 2′-fluoro, 2′-fluoro-
D-arabino, and 2′-O,4′-C-methylene (BNA/LNA) were also

found to be acceptable [44–46]. Furthermore, phosphate-
modified dNTPs with 5′-(α-thio)triphosphates and 5′-(α-
borano)triphosphates were found to work as alternative
substrates. Certain types of DNA polymerases were also
found to accept some modifications of the leaving group of
the phosphate moiety [9], although those analogs have been
applied for advanced DNA sequencing and not for SELEX.

Among the modifications, DNA polymerases could
endure substitution at the base moieties, and various func-
tional groups could be introduced into those positions with
relatively high efficiency. When artificially created protein-
like functional nucleic acids were considered, researchers
would first envisage introducing proteinous amino acids into
nucleic acids. Indeed, base-modified dNTP analogs bearing
various proteinous amino acids or their side chains have been
reported to date, and their substrate properties in polymerase
reactions such as PCR and primer extension have been inves-
tigated (Figure 2) [38]. For example, PCR assays using KOD
Dash DNA polymerase showed that triphosphates containing
amino acyl group with basic (Arg, His, Lys), aromatic (Phe,
Trp), aliphatic (Leu, Pro), and neutral hydrophilic (Gln, Ser,
Thr) side chains act as good substrates, while those with
acidic (Asp, Glu) and thiol (Cys) side chains act as poor
substrates. Production of DNA-containing cysteinyl residue
necessitated the addition of dithiothreitol as a reduction
reagent. To introduce plural functionalities with high density,
it was found that four natural nucleotides (A, G, C, T) are
totally replaced with four base-modified nucleotides by the
addition of manganese chloride and betaine [32, 35]. Those
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additives could improve efficiency and yield in the enzymatic
production of modified DNA, although they could raise the
frequency of misincorporation at the same time [51, 52].

3. Efficacies of Introduced Foreign
Functional Groups

3.1. Biostability and Binding Property. In modified RNA/
DNA aptamers created by direct screening of modified
libraries, the effectiveness of modified groups introduced
on biostability has been sufficiently supported by many
examples. In particular, RNA-based aptamers with modi-
fied sugar, in which the 2′-hyrdoxyl group is substituted,
dramatically enhanced nuclease resistances. In addition to
pegaptanib, for example, a modified RNA aptamer with
2′-NH2-U/C specific to human neutrophil elastase (HNE)
retained its intact form in serum with a degradation half-
life of approximately 20 h, while the corresponding natural
RNA mostly degraded just within 5 min [53]. Moreover,
thioaptamers, RNA/DNA-based aptamers with modified
phosphate, that is, α-phosphorothioate, which typically
displays increased stability in the biological milieu, have
been developed [54]. On the other hand, reports that imply
positive effects of modification in binding properties are
limited. That is, chemical modifications do not always result
in raising binding affinity and specificity as researchers
expected (Sections 3.2 and 3.3). Regarding the beneficial
aspects of modification, we previously reported that a base-
modified DNA aptamer, which was recovered from a modi-
fied DNA library containing 5-(2-(6-aminohexylamino)-2-
oxoethyl-2′-deoxyuridine, can bind with the R-isomer of
a thalidomide derivative with high enantioselectivity [55].
Moreover, another base-modified DNA aptamer, selected
from a DNA library containing arginine residues, could
clearly distinguish the dicarboxylate moiety of D-glutamic
acid from that of L-isomer [56]. Also, Li et al. reported that a
base-modified DNA aptamer carrying the boronic acid moi-
ety, which was obtained by implementing thorough counter
selections, can sensitively recognize glycosylation sites of
fibrinogen as a glycoprotein [57]. Although the impact on
binding affinity seems to be limited, these examples merit
attention because of their implications for the possibility
of expanding binding modes in molecular recognition with
introduced foreign functional groups. Thus, the use of base-
modified DNA for selection library would certainly be one of
the most promising strategies to improve binding properties,
because of the aforementioned functional expandability;
repertories of modification in bases, which could be available
for enzymatic incorporation, are much broader than those
in the other parts. Furthermore, the number of candidates
for polymerase variants capable of catalyzing modified
nucleotide polymerization with high efficiency is expected
to be much greater in DNA polymerases than in RNA
polymerases.

3.2. Efficacy of Modification on Binding to Small Molecular
Targets. To probe superiorities in terms of introducing
foreign functionality, random screenings from nucleic acid

libraries of compounds having different chemical structures
should be performed using the same target, and those
selection outcomes should be collated carefully. One small
molecular target that has generated significant attention
is adenosine-5′-triphosphate (ATP). To date, ATP-binding
aptamers have been obtained from libraries of RNA, DNA,
modified RNA, and modified DNA [58–62]. However,
neither the benefit of modification nor the contribution
expected from the chemical structure of foreign functionality
to binding affinity and specificity is likely to be substantiated
by those SELEX experiments (Table 1).

RNA aptamers were reported by Sazani et al. and Sassan-
far and Szostak, respectively, and a modified RNA aptamer
was reported by Vaish et al.; those aptamers were found
to bind to ATP in a 1 : 1 stoichiometry, depending on
the Mg2+ concentration. The Kd value of Sassanfar’s RNA
aptamer was found to be 6–8 μM at 5 mM Mg2+ and 0.7 μM
at 20 mM Mg2+, while that of Sazani’s RNA aptamer was
11 μM at 10 mM Mg2+ and 4.8 μM at 30 mM Mg2+. The
modified RNA aptamer contains 5-(3-aminopropyl) uridine,
and its binding affinity was significantly improved as the
Mg2+ concentration increased up to 3 mM, with a Kd

value estimated to be between 0.45 and 1.1 μM at 6 mM
Mg2+. Although there were some differences in the selection
protocol, no notable differences in binding affinities between
natural and modified RNA aptamers were observed, with
Kd values for the modified RNA aptamers ranging from
approximately 10−7 to 10−6.

Electrostatic interactions between the introduced amino
group and the triphosphate moiety of ATP were expected;
however, the modified RNA aptamer does not clearly
distinguish ATP from ADP, AMP, or adenosine (Kd = 1.02,
1.01, 2.18, and 3.91 μM, resp.) under the same conditions,
although the foreign functional group is essential for target
binding. Similarly, significant binding specificities to the
triphosphate moiety in Sassanfar’s RNA were not observed,
with Kd values for ATP and those related targets being similar
within the range of 2-3 μM. In contrast, surprisingly, Sazani’s
RNA aptamer exhibits superior binding specificity for the
moiety; its binding affinity is 64-fold lower because of a
lack of γ-phosphate in ATP and is 1100-fold lower because
of lack of both β- and γ-phosphates. These results indicate
that the introduction of a cationic functional group could
be alternated with that of native functionalities in RNA and
divalent metal ions in solution. Conversely, the modified
RNA aptamer exhibits superior specificity for the base
moiety in comparison to Sazani’s RNA aptamer; the former
shows 150-fold weaker binding to inosine-5′-triphosphate
(ITP) and does not bind to GTP, CTP, or UTP, while the
latter shows 66-, 19-, 680-, and 610-fold weaker binding to
ITP, GTP, CTP, and UTP, respectively.

A DNA aptamer reported by Huizenga and Szostak
binds to ATP with an apparent Kd value of 6 ± 3μM,
which was calculated assuming a 1 : 1 binding ratio and
shows a similar affinity to AMP and adenosine. However,
a sequence containing a representative motif of Huizenga’s
DNA aptamer was found to cooperatively bind two ATP
molecules with a binding ratio of 1 : 2 and a Kd of
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Table 1: Comparison of binding affinities in ATP-binding natural/modified nucleic acid aptamers.

Aptamer type Chemical structure Binding affinity Kd References

Natural RNA
O

O

O

PO O

OH

Base

Base = A, G, C, U

6–8 μM (5 mM Mg2+)
0.7 μM (20 mM Mg2+)

[58]

Natural RNA
O

O

O

PO O

OH

Base

Base = A, G, C, U

11 μM (10 mM Mg2+)
4.8 μM (30 mM Mg2+)

[59]

Modified RNA

O

NO

O

O

O

PO O

OH

Base

O

O

O

PO O

OH

HN

NH3

Base = A, G, C

0.45–1.1 μM (6 mM Mg2+) [60]

Natural DNA
O

O

O

PO O

Base

Base = A, G, C, T

9 ± 2 μM2 [61]

Modified DNA

O

O

O

PO O

Base

O

NO

O

O

O

PO O

HN

NH3

Base = A, G, C
6 ± 1 μM2 [62]

9±2μM2. Interestingly, a modified DNA aptamer containing
5-(3-aminopropyl)-2′-deoxyuridine also forms a 1 : 2 com-
plex with ATP, with a Kd value of 6± 1μM2. Unlike the ATP-
binding-modified RNA aptamer, the DNA aptamer with
thymidine replacing the modified dU was found to retain the
binding affinity, although the affinity for ATP was lowered
by approximately 2-fold (Kd = 13 ± 4μM2). This indicates

that the introduction of functionality did not dramatically
influence the structures or activities of the aptamers selected.

3.3. Efficacy of Modifications on Binding to Protein Targets.
Thrombin (FIIa) is a multifunctional serine protease that
plays key roles in hemostasis, thrombosis, and inflammation.
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Therefore, developing nucleic acid aptamers for antithrom-
bin therapy has been of great interest since the earliest SELEX
studies. To date, a number of SELEX experiments have been
performed to obtain thrombin-binding aptamers (TBAs)
using natural or modified nucleic acid libraries (Table 2)
[63–69].

A minimized 20 mer RNA aptamer reported by Kubik et
al. binds to human thrombin with a Kd value of 9.3±1.0 nM.
White et al. reported a minimized 25 mer RNA aptamer with
superior binding affinity (Kd = 0.54 ± 0.1 nM), which was
recovered by a method named toggle SELEX. A modified
RNA aptamer comprising all four 4′-thionucleotides (A, G,
C, U) was obtained with a Kd value of 7.2 nM. Another
type of modified TBA consists of natural 2′-deoxy purine
nucleotides (A, G) and 2′-OMe pyrimidine nucleotides (C,
U), having libraries constructed with Y639F mutant T7 RNA
polymerase, exhibiting a binding affinity in the nanomolar
range (Kd = 26 nM). Minimized 15 mer and 29 mer DNA
aptamers were reported by Bock et al. and Tasset et al.,
respectively; their respective Kd values were 113 ± 20 nM
and 0.5 nM. A modified DNA aptamer containing 5-(1-
pentynyl)-2′-dU exhibited weaker binding affinity with a Kd

value of 400 nM. However, the experimental data indicated
that these chemical modifications did not result in superior
binding affinity.

Two electropositive domains (i.e., exosite-1 and exosite-
2) that are displayed on the surface of thrombin are known
to be TBA-binding sites [71]. Binding to these domains,
which are distal from the catalytic site, could affect enzyme
activity. The 15 mer DNA aptamer formed a two-tiered G-
quadruplex and recognized exosite-1 via van der Waals forces
and hydrogen bonding [72]. Although it was considered that
the 29 mer DNA aptamer forms a two-tiered G-quadruplex
containing structure based on its primary sequence, its
binding site was found to be exosite-2 [73].

Natural RNA aptamers form hairpin structures and also
bind to exosite-2. The 4′-thio TBA and the pentynyl TBA
were predicted to have hairpin structures. With regard to
the 2′-OMe TBA, the formation of potential stacked G-
quartets was suggested by its multiple contiguous guanines.
The binding sites for these modified TBAs have not been
thoroughly investigated. Inferences based on NMR and X-ray
structural studies of natural RNA/DNA aptamer-thrombin
complexes [74, 75] may lead to the determination of appro-
priate modifications that are effective for improving affinity.

4. Recent Advances

There are many successful examples of postmodifications,
although, in many cases, unsatisfactory outcomes have
resulted from the direct screening of modified RNA/DNA
libraries. This indicates that chemical modifications should
improve the binding properties if the proper functionali-
ties are chosen. Recently, Vaught et al. demonstrated that
screening using a modified DNA library containing 5-
tryptaminocarbonyl-dU (TrpdU) could provide modified
DNA aptamers that were specific for so-called “difficult pro-
tein targets,” which were previously intractable with SELEX

using a natural DNA library (Table 3) [70]. A modified
DNA aptamer involving TrpdU was found to bind tightly to
necrosis factor receptor superfamily member 9 (TNFRSF9),
a difficult protein target, with a Kd value of approximately
5 nM, whereas no DNA aptamer was recovered that could
bind to TNFRSF9 from a natural DNA library using the same
selection protocol.

Subsequently, significantly larger and more systemat-
ically conceived screenings were performed for 13 diffi-
cult protein targets using three different modified DNA
libraries that contained TrpdU, 5-isobutylaminocarbonyl-
dU (IbdU), and 5-benzylaminocarbonyl-dU (BndU), as
well as a natural DNA library [76]. All screenings for
these 13 protein targets were successful when a library
containing TrpdU was used, whereas five and seven screen-
ings failed when libraries containing IbdU and BndU,
respectively, were used. No enrichment was observed in any
of the screenings for these targets using a natural DNA
library.

The apparent Kd values of the enriched TrpdU-
containing libraries were between several ten’s of pM and
several nM, which meant that sufficient enrichments of active
species were achieved; some isolated aptamers exhibited
extremely high-binding affinities at the level of several pM
although the lowest Kd values differ with protein targets.
These modified DNA aptamers were named Slow Off-rate
Modified Aptamers (SOMAmers) because they were selected
so as to have slow dissociation rates as a characteristic
feature of their binding kinetics, which could improve
binding specificity. SOMAmer technologies have enabled to
expand over protein targets for which SELEX using natural
RNA/DNA libraries did not yield high-affinity aptamers,
which apparently illustrates the superiority of these chemical
modifications.

During the preparation of modified DNA libraries for
SOMAmer selection, KOD XL was used (essentially the
same as KOD Dash). KOD XL comprises a mixture of
approximately 2 : 98 of wild-type KOD DNA polymerase and
KOD(exo-) DNA polymerase, which has no or less 3′,5′

exonuclease activity. We have focused on the high-catalytic
activity and high fidelity of KOD DNA polymerase and its
variants and first demonstrated its utility and application
to PCR and SELEX involving modified nucleotides [25,
37, 56]. Recently, in our collaboration with Toyobo Co.,
Ltd., the catalytic properties of eight new KOD DNA
polymerase variants in modified nucleotide polymeriza-
tions were assessed using base-/sugar-modified nucleoside
triphosphates [77]. Among these KOD variants, one achieved
efficient successive incorporation of bridged nucleotides
with a 2′-ONHCH2-4′ linkage; this is much more bulky
but exhibits far superior biostability than the prototype
BNA/LNA.

Thus, to expand the functional repertories of chemi-
cal modifications, both exploring favorable combinations
of polymerases and substrate triphosphate analogs and
genetically modifying polymerases have been performed.
Developing highly efficient enzymatic polymerizations of
artificially designed nucleic acid analogs with odd chem-
ical structures, such as a bridged nucleic acid (BNA)
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Table 2: Comparison of binding affinities in thrombin-binding natural/modified nucleic acid aptamers.

Aptamer type Chemical structure Binding affinity Kd References

Natural RNA
O

O

O

PO O

OH

Base

Base = A, G, C, U

9.3 ± 1.0 nM [63]

Natural RNA
O

O

O

PO O

OH

Base

Base = A, G, C, U

0.54 ± 1.0 nM [64]

Modified RNA
O

S

O

PO O

OH

Base

Base = A, G, C, U

7.2 nM [65]

Modified RNA/DNA hybrid

O

O

O

PO O

OMe

Base

Base = C, U
O

O

O

PO O

Base

Base = A, G
26 nM [66]

Natural DNA

O

O

O

PO O

Base

Base = A, G, C, T
113 nM [67]

Natural DNA

O

O

O

PO O

Base

Base = A, G, C, T
0.5 nM [68]

Modified DNA

N

O

OO

OO P O

O

O

O

O

PO O

Base

HN

Base = A, G, C

400 nM [69]
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[45], a glycol nucleic acid (GNA) [40], a peptide nucleic
acid (PNA) [78], and a phosphorodiamidate morpholino
oligomer (PMO) [79], would be expected to provide not only
greatly enhanced affinities, specificities, and biostabilities
but could also unexpected new functions for aptamers.
Very recently, Pinherio et al. have developed evolved
polymerases by a selection strategy named compartmen-
talized self-tagging (CST) [80], which is an improved
methodology of compartmentalized self-replication (CSR)
[81]. Using the evolved polymerases, six artificial biopoly-
mers, 1,5-anhydrohexitol nucleic acid (HNA) [22], cyclo-
hexenyl nucleic acids (CeNA) [36], arabinonucleic acid
(ANA) [23], 2′-fluoroarabinonucleic acid (FANA) [24], α-
L-threofuranosyl nucleic acid (TNA) [48], and BNA/LNA,
were confirmed to be transcribed and reverse transcribed.
Furthermore, HNA aptamers specific to HIV transactivating
response (TAR) RNA and hen egg lysozyme (HEL) were
successfully recovered by the traditional SELEX method
using the acquired HNA polymerase although the binding
affinities of the best aptamers were found to lie between the
middle and high nanomolar range (Kd = 28 and 107 nM,
resp.).

5. Conclusion

In over two decades of studies on nucleic acid aptamers,
the effectiveness of employing chemically modified libraries
for SELEX on binding properties was not evident until the
development of SOMAmer, whereas that on biostability had
been clearly evident in the early research era. Meanwhile,
we could not conclusively prove that the chemical mod-
ifications may induce enhanced binding affinity, but we
were successful in exemplifying functional expression, that
is, high enantioselectivity, owing to the introduced foreign
functionalities. Furthermore, first, we have focused on KOD
DNA polymerase and its variants from various polymerases
and demonstrated their feasibility for the direct screening
of modified nucleic acid aptamers. Generally, the choice
of polymerase has practical significance for our research
purpose; not only catalytic efficiency but also the fidelity
of polymerase greatly affects suitable enrichments during
selection rounds because polymerase invariably causes mis-
incorporation at a certain rate even with natural substrates.
Despite the difficulties, it has been demonstrated that
the successful engineering of polymerase can dramatically
broaden the diversity of chemical structures for a selection
library.

One of the greatest concerns in the further development
of this research is to gain systematic knowledge about
the inter- and intramolecular interactions involving foreign
functionalities for eventually deriving guidelines for the
rational design of artificial specific binders. Nowadays,
methodologies for the random screening of nucleic acid
aptamers have become rapid and convenient, for exam-
ple, capillary electrophoresis-SELEX [82] and microfluidic
SELEX [83]; random screening can be implemented in
systematic selections by using a varied modified library in
order to address the challenging issue.
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Probes for monitoring mRNA expression in vivo are of great interest for the study of biological and biomedical problems, but
progress has been hampered by poor signal to noise and effective means for delivering the probes into live cells. Herein we
report a PNA·DNA strand displacement-activated fluorescent probe that can image the expression of iNOS (inducible nitric
oxide synthase) mRNA, a marker of inflammation. The probe consists of a fluorescein labeled antisense PNA annealed to a shorter
DABCYLplus-labeled DNA which quenches the fluorescence, but when the quencher strand is displaced by the target mRNA the
fluorescence is restored. DNA was used for the quencher strand to facilitate electrostatic binding of the otherwise netural PNA
strand to a cationic shell crosslinked knedel-like (cSCK) nanoparticle which can deliver the PNA·DNA duplex probe into cells
with less toxicity and greater efficiency than other transfection agents. RAW 264.7 mouse macrophage cells transfected with the
iNOS PNA·DNA probe via the cSCK showed a 16 to 54-fold increase in average fluorescence per cell upon iNOS stimulation. The
increase was 4 to 7-fold higher than that for a non-complementary probe, thereby validating the ability of a PNA·DNA strand
displacement-activated probe to image mRNA expression in vivo.

1. Introduction

There has been great interest in developing real-time fluores-
cent imaging agents for mRNA expression in vivo that are
based on antisense oligodeoxynucleotides and analogs [1–
3]. There are two main problems in getting such systems to
work well. The first is to deliver the agents efficiently into
the cytoplasm, and the second is to minimize background
signal from unbound probe. The main problem with getting
nucleic acids and analogs into the cytoplasm is that they
are membrane impermeable, thereby requiring the use of a
physical, chemical, or biochemical device or agent [4]. Many
mRNA-imaging studies have used microinjection, electrop-
oration, or pore forming agents such as streptolysin O
(SLO), but such agents would be unsuitable for in vivo
work. Others have made use of cell-penetrating peptides,
or transfection agents, but these often result in endocytosis
and trapping of the probe in endosomes which reduces
the amount of probes in the cytoplasm and can lead to

nonspecific background signal. To reduce the background
signal from unbound probe, probes have been designed to
emit fluorescence only in the presence of target mRNA by
a variety of strategies. Among these are molecular beacons,
binary and dual FRET probes, strand-displacement probes,
quenched autoligating probes, FIT-probes, and nucleic-acid-
triggered probe activation [5, 6].

One general approach to activatable probes makes use
of a fluorophore-quencher pair, typified by the molecular
beacon strategy [5, 7]. Molecular beacons consist of a
fluorescent molecule and a quencher that are conjugated to
both ends of an antisense nucleic acid sequence which may
or may not have a short complementary stem. When free in
solution, the fluorophore component is quenched by either
FRET, in which case the energy of the excited fluorophore
is transferred to a quencher by a through space mechanism
[8]; or by “contact quenching,” in which a fluorophore and
a quencher are close enough that they can form a nonflu-
orescent complex [9]. Upon binding to the target RNA,
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Figure 1: Schematic representation of cSCK-mediated delivery of strand-displacement-activated PNA·DNA probes for imaging mRNA in
living cells. (a) The probes consist of a fluorescently labeled nondegradable antisense PNA (peptide nucleic acid) hybridized to a shorter
negatively charged complementary DNA strand bearing a quencher, leaving a short single-stranded section of PNA (the toehold). The
nonfluorescent PNA•DNA duplex probe is then electrostatically bound to the cationic-shell-crosslinked knedel-like nanoparticle (cSCK).
The positive nature of the cSCK facilitates its endocytosis, and the presence of unprotonated amines facilitates disruption of the endosome
by the proton-sponge effect which enables the strand-displacement probe to escape into the cytoplasm. Binding of the toe-hold portion of
the PNA to the target mRNA sequence then facilitates strand displacement of the quenching DNA strand by branch migration and results in
restoration of fluorescence to the PNA strand. (b) Structure of the cSCK formed by crosslinking the block copolymers following micellization
x ≈ 122, y ≈ 0, z ≈ 6.

the fluorophore and quencher are physically held apart by
duplex formation, and fluorescence is restored. While this is
an elegant system, it suffers from background fluorescence
due to nonspecific binding events that lead to separation of
the fluorophore and the quencher.

A bimolecular version of a molecular beacon, often
referred to as a strand-displacement probe, makes use of an
antisense oligonucleotide conjugated to a fluorescent probe
that is annealed to a shorter complementary oligonucleotide
conjugated to a quencher [10–12] (Figure 1(a)). In this
system, the duplex region is much longer and much more
stable than the generally short duplex stem used in molecular
beacons. Despite the high stability, rapid strand exchange
can take place because the short section of single strand
on the probe strand can hybridize to the target RNA and
facilitate the thermodynamically favorable displacement of
the quencher strand through branch migration. The rate
of strand-displacement depends on the single-strand length
(“toehold”) while the extent of reaction will depend on the
difference in length between the fluorescent and quenching

probes [13]. The larger the difference, the longer the un-
paired section and the faster the rate for displacing the
shorter strand by the target mRNA and the more complete
the displacement.

While there are numerous studies using molecular bea-
cons for imaging of gene expression in vivo, there have only
been a few reports of the use of strand-displacement probes.
Hnatowich and coworkers constructed a probe from a 25-
mer phosphorodiamidate morpholino (MORF) oligomer
conjugated to a Cy5.5 and a complementary 18-mer cDNA
conjugated to a BHQ3 quencher. They showed that this
probe could image a complementary biotinylated 25-mer
MORF oligomer immobilized on streptavidin polystyrene
microspheres that were intramuscularly implanted into a
mouse [14]. The same group also utilized a probe consisting
of a 25-mer phosphorothioate DNA bearing Cy5.5 and a
10-mer complementary ODN with the BHQ3 quencher to
image the KB-G2 tumor in mice which overexpresses
the multi-drug-resistant mdr1 mRNA [15]. In another
approach, Mirkin and coworkers developed “nanoflares” in
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which antisense ODNs to a target mRNA are conjugated to
a gold nanoparticle and then hybridized to a shorter strand
of complementary DNA bearing Cy5 which is quenched by
the gold nanoparticle. When taken up by cells containing
the target mRNA, the Cy5-bearing ODN becomes displaced
resulting in fluorescence activation [16]. In their design,
however, the fluorescent reporter becomes displaced by the
mRNA making it unable to report on the location of the
mRNA within the cell. DNA-based probes also suffer from
premature intracellular degradation, which generates a high
background signal.

All previous studies of the strand displacement-activated
probes have made use of either DNA, phosphorothioate, or
phosphorodiamidate morpholino, and none have made use
of PNA. PNAs have a number of properties that make them
ideal for strand-displacement probe technology. They are
very resistant to chemical and enzymatic degradation, bind
with higher affinity to RNA than DNA, and able to invade
regions of RNA with secondary structure [17, 18]. They also
do not activate RNAse H degradation of the target RNA
and protect a complementary ODN from degradation. We
have also shown that PNA·ODN duplexes can be efficiently
delivered into cells by cationic-shell-crosslinked nanopar-
ticles (cSCKs) (Figure 1(b)) through favorable electrostatic
interactions, and remain highly bioactive [19, 20]. The cSCKs
are also much less cytotoxic and efficient than the commonly
used Lipofectamine.

To determine whether or not PNA·ODN hybrids deliv-
ered by a cSCK can be used as strand-displacement-activated
fluorescent probes to monitor gene expression within living
cells, we used iNOS as a model target system. iNOS is
an important biomarker for inflammation and is greatly
upregulated in response to environmental stimuli such as
gamma interferon (γ-IFN) or lipopolysaccharide (LPS) [21,
22]. We have also previously determined a number of
antisense accessible sites on iNOS mRNA that could be used
as target sites by a modified reverse transcriptase random
oligonucleotide library PCR method [23]. Herein we show
that PNA·ODN-strand-displacement-activated fluorescence
probes can be used to monitor iNOS mRNA expression in
living cells by confocal microscopy following delivery by
cationic shell crosslinked knedel-like nanoparticles.

2. Materials and Methods

2.1. General. The cSCK nanoparticles were prepared as pre-
viously described [24]. Anhydrous N,N-dimethylformamide
(DMF), diisopropylethylamine (DIPEA), trifluoroacetic acid
(TFA), meta-cresol, dichloromethane (DCM)., N-meth-
ylpyrrolidone (NMP), dimethyl sulfoxide (DMSO), and
(5,6)- fluorescein-N-succinimidyl ester (FAM-NHS ester)
were purchased from Sigma-Aldrich (St Louis, MO).
DABCYLplus-N-succinimidyl ester (DABCYLplus-NHS) was
purchased from Anaspec Inc (Fremont, CA). PNA mono-
mers were purchased from PolyOrg Inc (Leominster, MA).
Fmoc-protected amino acids were purchased from EMD
chemicals (Gibbstown, NJ). 2-(1H-7-Azabenzotriazol-1-yl)-
1,1,3,3-tetramethyl uronium hexafluorophosphate (HATU)

was purchased from GenScript (Piscataway, NJ). Fmoc-
PAL-PEG-PS resin for the solid-phase-PNA synthesis was
purchased from Applied Biosystems (Carlsbad, CA). The
PNAs were synthesized by solid-phase Fmoc chemistry on
an Expedite 8909 DNA/PNA synthesizer on a 2 μmol scale.
All the oligodeoxynucleotides (ODN) and amino-modified
ODNs were purchased from Integrated DNA technologies
(Coralville, IA). The crude FAM-PNAs and DNA-DABCYLs
were purified by a reversed-phase high-performance liquid
chromatography (HPLC) on a Beckman Gold System with a
UV array detector and a Varian Microsorb-MV column (C-
18, 5 μm, 300 Å pore size, 4.6 × 250 mm internal diameter
and length). For the FAM-PNAs, a step gradient of 0–
10% (2 min), 10–60% (20 min), 60–100% (20 min), and
100–0% (5 min) of solvent B (0.1% TFA in acetonitrile)
in solvent A (0.1% TFA in water) was used. For the
DNA-DABCYLs, a step gradient of 0% (1 min), 0–40%
(5 min), 40–80% (24 min), 80–100% (3 min), and 100–0%
(3 min), of solvent B (50 mM triethylammonium acetate
(TEAA) in 1 : 1 water : acetonitrile) in solvent A (50 mM
TEAA in water) was used. The purified PNAs and DNAs
were verified by MALDI-TOF on an AppliedBiosystems
4700 mass spectrometer. The concentration of the DNAs
was determined from the absorbance at 260 nm taken on
a Bausch and Lomb Spectronic 1001 spectrophotometer.
The concentration of the PNAs was determined from the
absorbance at 260 nm at 70◦C to eliminate hypochromicity
due to secondary structure. For the DNAs, the molar extinc-
tion coefficient provided by the manufacturer was used. For
the PNAs, the molar extinction coefficient was estimated
using 13.7, 11.7, 6.6, and 8.6 mL/μmol·cm for A, G, C, and T,
respectively.

2.2. PNA-Fluorescein Synthesis and Purification. A 23-mer
PNA probe antisense to the bases starting at position 480
of iNOS mRNA (FAM-iNOS-PNA) and a control probe
with the same length but targeting HeLa pLuc 705 splice
correction site (FAM-pLuc-PNA) were synthesized on an
Expedite 8909 DNA/PNA synthesizer. After removal of the
Fmoc-protecting group at the amino end of the PNA, the
resin was dried with nitrogen gas and was shaken overnight
with 200 μL of 0.02 M FAM-NHS ester (2 eq) in DMSO,
together with 2 eq DIPEA at room temperature. The resin
was then washed sequentially with DMF and DCM and
dried under nitrogen. The PNA was then cleaved from the
support with 250 μL TFA/m-cresol (4 : 1) mixture for 2–4 h.
The cleavage mixture was separated from the support and
the PNA precipitated by adding 1 mL cold diethyl ether and
centrifuging for 10 min. The product was dried on a hot
block at 55◦C and dissolved in water containing 0.1% TFA.
The FAM-PNAs were purified by HPLC and characterized
by MALDI mass spectrometry (See Supplementary Material
available online at doi:10.1155/2012/962652), UV and fluo-
rescence spectroscopy. The overall yield for FAM-PNAs was
about 5%.

2.3. DNA-DABCYL Synthesis and Purification. Regular and
3′-end-modified ODNs were purchased from IDT Inc.
and purified by HPLC. The 17-mer DNAs modified
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with an amino linker at the 3′-end (50 nmol) were
shaken overnight with 10 eq of DABCYLplus-NHS ester
in 10 mM Na2CO3/NaHCO3 buffer (adjusted to pH 8.5
with hydrochloride acid). The products were purified by
gel electrophoresis on a 20% polyacrylamide gel. Bands
containing the desired product were eluted with 0.5 M
ammonium acetate, 10 mM MgCl2, 1 mM EDTA, and 0.1%
SDS, precipitated with 3 volumes of ethanol, cooled to
−20◦C for 30 min, and collected after centrifugation for
30 min. The DNA-DABCYLs were characterized by MALDI
mass spectrometry and UV spectroscopy.

2.4. In Vitro mRNA Transcription. The PCMV-SPORT6
vector containing the iNOS mRNA gene was purchased from
American Type Culture Collection (ATCC, Manassas, VA).
LB media was inoculated with E. coli containing the vector at
37◦C for 18 h after which the plasmid was isolated from the E.
coli by using HiPure Plasmid Maxprep kit (Invitrogen). The
plasmid was then digested by Xhol (Promega) to form linear
DNA, which was purified by phenol extraction, ethanol
precipitation and was characterized by electrophoresis on a
1% agarose gel stained with ethidium bromide. The linear
DNA was then transcribed into iNOS mRNA using the
RiboMAX SP6 large scale RNA transcription kit (Promega)
following the manufacturer’s protocol. The integrity of
iNOS mRNA was verified on the 1% w/v agarose gel. All
aqueous solutions used in this process were prepared
with diethylpyrocarbonate- (DEPC-) treated water and the
mRNA was stored at −80◦C in water with 2 μL (80 U)
RNaseOUT recombinant RNase inhibitor (Invitrogen).

2.5. Displacement by Complementary DNA in Solution. FAM-
iNOS-PNA (0.2 μM) and iNOS-DNA-DABCYL (0.4 μM)
were heated at 95◦C for 3 min in a buffer containing 100 mM
Tris, 5 mM MgCl2, and annealed at room temperature. The
iNOS-DNA was then added to final concentrations of 0.1,
0.2, 0.4, and 2 μM. After the fluorescence intensity reached
its maximum value, each sample was then incubated for
another 15 min and the fluorescent emission spectrum was
collected with excitation at 488 nm. A similar procedure
was followed for the FAM-pLuc-PNA·pLuc-DNA-DABCYL
probe. The strand-displacement rate at 37◦C was monitored
by the increase in fluorescence at 525 nm as a function of time
with the excitation at 488 nm.

2.6. Displacement by In Vitro Transcribed mRNA. FAM-
iNOS-PNA (0.2 μM) and complementary iNOS-DNA-
DABCYL (0.4 μM) were first annealed in 0.1 M KCl, 5 mM
MgCl2, 10 mM Na-Hepes buffer (pH 7.11) and then in
vitro transcribed iNOS mRNA was added to give final
concentrations of 0.1, 0.2, and 0.4 μM, respectively. The
mixtures were heated at 65◦C for 1 min and incubated at
37◦C for 15 min. After the fluorescence intensity reached
its maximum value, each sample was then incubated for
another 15 min, and the fluorescent emission spectrum
was collected with-excitation at 488 nm. All solutions were
prepared with DEPC-treated dd water. A similar procedure
was followed for the FAM-pLuc-PNA·pLuc-DNA-DABCYL

probe. The strand-displacement kinetics were carried out in
10 mM Tris-HCl buffer (pH 7.15) by first heating the iNOS
mRNA at 65◦C for 1.5 min and letting cool to 37◦C, after
which 1 μL of RNaseOUT (40 U, Invitrogen) was added. The
prehybridized 1 : 2 FAM-iNOS-PNA·iNOS-DNA-DABCYL
probe (1 μM in PNA) was added to the mRNA solution
to a final concentration of 0.05 μM in the PNA and 0.025,
0.05, 0.1, and 0.25 μM in iNOS mRNA. The fluorescence
of the samples was monitored at 525 nm by Varian Eclipse
Fluorimeter at 37◦C with excitation at 488 nm as a function
of time. All aqueous solutions were prepared using DEPC-
treated dd water.

2.7. Quantitative RT PCR to Quantify iNOS mRNA Copy
Numbers in RAW 264.7 Cells. RAW 264.7 cells were seeded
on 10 mm Petri dish plates (Corning Inc, Lowell, MA)
and grown until 70% confluence. Selected plates were then
treated with 1 μg/mL LPS and 300 ng/mL γ-IFN for 18,
6, and 0 h (without LPS and γ-IFN), respectively. Cells in
each plate were counted with a hemocytometer and spun
down in a centrifuge. Total RNA from each sample was
extracted with the TRizol reagent (Invitrogen, CA) following
the manufacturer’s protocol and quantified by measuring
UV absorbance at 260 nm. After treatment with Turbo
DNase (RNase free), 0.5 μg of each total RNA sample was
reverse-transcribed into cDNA using SuperScript II reverse
transcriptase (Invitrogen), following the manufacture’s pro-
cedure. Briefly, 0.5 μg of each total RNA sample was mixed
with 300 ng random primers and 1 μL dNTP (10 mM each)
to make a solution of 12 μL. The mixture was incubated
at 65◦C for 5 min and quickly chilled on ice. Then 4 μL 5
× first-strand buffer, 2 μL 0.1 M DTT, and 1 μL RNaseOUT
were added, and the mixture was incubated at 25◦C for
2 min. Then 1 μL of the SuperScript II RT was added to the
mixture, incubated at 25◦C for 10 min and then at 42◦C for
another 50 min. The reaction was inactivated at 70◦C for
15 min, and the cDNA product was diluted 2500-fold for
RT-PCR reaction. To generate the cDNA standard, 0.5 μg
mRNA prepared previously was reverse transcribed into
cDNA using the same kit with exactly the same procedure.
The resulting cDNA product was serially diluted by a factor
of ten. The cDNAs and standards were then mixed with
Power SYBR Green RT-PCR master mix (Invitrogen) and
the RT-PCR was performed on a Steponeplus real-time PCR
system with the following profile: 1 cycle of 50◦C for 2 min,
95◦C for 15 min, then 40 cycles of 95◦C for 15 s, 60◦C
for 30 s, and 72◦C for 45 s. The primers used to amplify
iNOS cDNA were d(TGGTGGTGACAAGCACATTT) and
d(AAGGCCAAACACAGCATACC), and for the GAPDH
cDNA, the primers were d(TGGAGAAACCTGCCAAG-
TATG) and d(GTTGAAGTCGCAGGAGACAAC). Each well
contained 25 μL of reaction mixture including 2.5 μL for-
ward primer, 2.5 μL reverse primer, 2.5 μL double dis-
tilled water, 5 μL cDNA template and 12.5 μL Power
SYBR Green RT-PCR master mix. The threshold cycle
CT was automatically set by the machine. The standard-
curve method was used to determine the absolute copy
number of the iNOS mRNA in cells. The comparative
CT (��CT) method was used to calculate the relative
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Figure 2: Sequences used in this study. FAM is directly linked to the amino-terminus of the PNA, while a derivative of DABCYL is linked to
the 3′-terminus of the DNA through an amino linker.

increase of the iNOS mRNA level compared to the GAPDH
mRNA.

2.8. Imaging iNOS mRNA Expression in Living Cells. RAW
264.7 cells were seeded on 10 mm glass-bottom dish (Mat-
Tek) at 5 × 104 per well and incubated overnight until they
reached 70% confluence. The cells were then washed with
PBS and incubated in 1 mL media containing 1 μg/mL LPS,
0.3 μg/mL γ-IFN for 18 h at 37◦C in a humidified atmosphere
with 5% CO2. As a control, cells were incubated under the
same conditions without LPS and γ-IFN. FAM-PNA·DNA-
DABCYL (1 : 1.25) probes were annealed in 25 μL OPTI-
MEM for each sample and mixed with cSCK nanoparticles.
The mixtures were incubated at room temperature for
20 min to let the cSCK associate with the probes and then
were added to 75 μL DMEM medium containing 10% FBS
and without antibiotics. Cells were then washed with PBS
and incubated with the 100 μL medium containing the
cSCK complexes. To maintain iNOS mRNA induction, LPS
and γ-IFN were added again at 1 μg/mL and 0.3 μg/mL
concentration, respectively. The final concentration of the
FAM-PNA·DNA-DABCYL probes was 0.4 μM in PNA, and
the cSCK was 9.7 μg/mL for an N/P ratio 8 : 1. After 24 h of
incubation, fluorescent images of the cells were collected on a
Nikon A-1 confocal microscope. The fluorescent images were
processed by image J software. The mean fluorescence per
cell was calculated by integrating the signal intensity of the
regions of interest, then dividing by the number of cells.

3. Results and Discussion

3.1. Design and Synthesis of the Strand-Displacement Probes.
The strand-displacement probes were designed to have a
longer antisense PNA conjugated to the fluorophore and a

shorter sense DNA conjugated to the quencher to insure that
the fluorophore-bearing PNA would both kinetically and
thermodynamically favor hybridization to the target mRNA
(Figure 2). We chose to image iNOS mRNA because it is
a biomarker for inflammation that is dramatically elevated
upon treatment of cells or tissue with γ-interferon and
LPS (lipopolysaccharide). The PNA sequence used for the
construction of the fluorescent probe was selected from a
number of PNAs that we had previously demonstrated to
bind to in vitro transcribed and endogenous iNOS mRNA,
and to suppress iNOS expression in vivo [23]. The antisense
accessible sites on the iNOS mRNA were identified by an RT-
ROL (reverse transcriptase-random oligonucleotide library)
method that we had improved upon [25]. Transfection of
selected PNA·ODN duplexes with Lipofectamine confirmed
the ability of these PNAs to inhibit gene expression. In vitro
binding assays with in vitro transcribed mRNA confirmed
that a number of these sites bound both antisense ODNs
and PNAs with high affinity [26]. From these, we chose the
23-mer PNA480 sequence that targets nucleotides 473–494
on iNOS mRNA. The specificity of the antisense iNOS 23-
mer sequence was assessed by BLAST (basic local alignment
search tool) which revealed that the next best mRNA
targets were complementary to only 14 bases of the 23-mer
nucleoredoxin-like, protein 1-like, and myosin VA (Myo5a)
mRNAs (See Supplementary Material). The length of the
quenching strand was therefore chosen to be 17 nucleotides
so that the PNA·ODN duplex would be less stable than the
targeted PNA·mRNA duplex, and more stable than the non-
target PNA-RNA duplexes. This length would also leave a
6-nucleotide toehold for binding to the mRNA target and
initiating strand displacement by branch migration.

We chose fluorescein as the fluorophore and DABCYLplus

as the quencher on the complementary strand as this is



6 Journal of Nucleic Acids

0

0.2

0.4

0.6

0.8

550 600 650 700

FAM-iNOS-PNA + 2 × iNOS-DNA
iNOS probe
iNOS probe + 0.5 × iNOS-DNA
iNOS probe + 1 × iNOS-DNA
iNOS probe + 2 × DNA
iNOS probe + 10 × iNOS-DNA

R
el

at
iv

e 
fl

u
or

es
ce

n
ce

Wavelength (nm)

1

500

(a)

0

0.2

0.4

0.6

0.8

1

500 550 600 650 700

FAM-pLuc-PNA + 2 × pLuc-DNA
pLuc probe
pLuc probe + 2 × iNOS-DNA

R
el

at
iv

e 
fl

u
or

es
ce

n
ce

Wavelength (nm)

(b)

Figure 3: Fluorescence activation of the strand-displacement probes by DNA. (a) Fluorescence spectra of the iNOS probe (0.2 μM FAM-
iNOS-PNA annealed to 0.4 μM iNOS-DNA-DABCYL) following addition of 0.1, 0.2, 0.4, and 2 μM iNOS DNA. Positive control: 0.2 μM
FAM-iNOS-PNA annealed to 0.4 μM iNOS-DNA. (b) Fluorescence spectrum of the pLuc probe (0.2 μM FAM-pLuc-PNA annealed to 0.4 μM
pLuc-DNA-DABCYL) following addition of 0.4 μM iNOS-DNA. Positive control: 0.2 μM pLuc-FAM-PNA annealed to 0.4 μM pLuc-DNA.
Excitation wavelength: 488 nm, temperature: 37◦C.

a common fluorophore/quencher combination [27, 28].
DABCYLplus is a more soluble version of DABCYL and
though its structure is proprietary, appears to involve the
addition of an ethylene sulfonate chain as deduced from its
molecular weight. Since it is known that a G opposite to
fluorescein can also quench up to 90% of its fluorescence
[29], we designed the PNA probe to have a C at the amino
end (equivalent to the 5′ end of DNA), to be complementary
to a G at the 3′-end of the quencher DNA strand to
enhance the quenching efficiency. Because there is an A in
the target iNOS mRNA at this position, we did not expect
any quenching from the target mRNA. As a control, we
synthesized a 23-mer PNA that is antisense to an mRNA
splice correcting site in a pLuc 705 HeLa cell line which we
have previously used to demonstrate the ability of cSCKs to
deliver PNA•DNA hybrids into this cell line. BLAST analysis
indicated that there are no mRNAs sequences greater than
13 nt in mice that could activate this probe. The probes were
prepared by automated solid phase Fmoc synthesis, purified
by HPLC, and characterized by MALDI (See Supplementary
Material).The Tm of the antisense and mismatched FAM-
PNA·DNA-DABCYL duplexes was determined by temper-
ature dependent fluorescence measurements to be about

68◦C under physiological conditions and almost completely
duplex at 37◦C (See Supplementary Material ).

3.2. Fluorescence Activation by Complementary DNA. The
PNA•DNA strand-displacement probes were first tested
with a 21-mer ODN identical to the mRNA target sequence
(iNOS-DNA) (Figure 3(a)). This sequence was truncated
at the 3′-end to avoid introducing complementary Gs that
might have quenched some of the fluorescence emission.
As a positive control for the maximal amount of fluorescence
achievable, FAM-iNOS-PNA was hybridized with iNOS-
DNA in the absence of the iNOS-DNA-DABCYL strand.
When FAM-iNOS-PNA was hybridized with a 2-fold
amount of the iNOS-DNA-DABCYL in the absence of iNOS-
DNA, 90% of the maximal fluorescence was quenched.
Upon adding 1 equivalent of iNOS-DNA to this FAM-
iNOS-PNA·iNOS-DNA-DABCYL probe (iNOS probe),
almost 60% of the maximal fluorescence could be recovered.
Increasing the amount of iNOS-DNA 10-fold increased
the fluorescent recovery to about 80%. On the other hand,
adding 2 equivalents of the iNOS-DNA to the noncom-
plementary FAM-pLuc-PNA·pLuc-DNA-DABCYL probe
(pLuc probe) did not lead to any recovery of fluorescence
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(Figure 3(b)). When the strand-displacement reaction with
the iNOS probe and iNOS-DNA was followed as a function
of time about 80% of the maximal fluorescence was
achieved in less than 10 min (Figure 4). The fluorescence
recovery could be best fit to a biexponential where the
major component (about 75%) occurred with a rate
constant of about 0.02 s−1 while the slower component had
a rate constant of about about 0.001 s−1. The origin of the
slower phase is not understood at the moment. The results
clearly show that the strand-displacement probe is able to
effectively detect a complementary nucleic acid target in
solution.

3.3. Fluorescence Activation by In Vitro Transcribed mRNA.
Unlike the 21-mer iNOS-DNA target, in vitro transcribed
iNOS mRNA is about 4000 nucleotides, and adopts a com-
plicated folded structure. Studies in our lab have previously
shown that the iNOS mRNA is accessible to the iNOS-PNA
used for the iNOS probe [23], and that the 18-mer carboxy
terminal 18-mer section, TGAAATCCGATGTGGCCT, has
a high binding affinity (86 ± 26 pM) for annealed in vitro
transcribed iNOS mRNA [26]. Also, siRNA knockdown and
PNA antisense inhibition of iNOS expression suggested that
the 480 site was also accessible in vivo [23]. The mRNA was

transcribed from a cDNA clone in vitro and characterized
by agarose gel electrophoresis (See Supplementary Material).
To demonstrate that the in vitro transcribed iNOS mRNA
has the correct sequence and could displace the quencher
strand without interference from its folded structure, the
iNOS probe was heated together with varying concentrations
of the mRNA to 65◦C for 1 min to unfold the mRNA and
then cooled to 37◦C for 15 min. With 0.5 to 1 equivalents
of iNOS mRNA, there was about 50% recovery of fluo-
rescence, and at 2 equivalents, about 70% demonstrating
that the target mRNA sequence was indeed present and
accessible after heating (Figure 5(a)). When the same pro-
cedure was carried out with the pLuc strand displacement
probe no increase in fluorescence was observed, again
showing the specificity of the strand displacement reaction
(Figure 5(b)).

We then investigated the ability of the probe to be
activated by the full length iNOS mRNA transcript at 37◦C.
Initial studies with directly transcribed mRNA at 37◦C were
not very reproducible, so the samples were annealed first
to insure that the results would be reproducible and could
be correlated with independent PNA-binding measurements
that were also carried out on annealed mRNA. Thus, the
mRNA was first heated to 65◦C for 1.5 min and then
annealed at 37◦C for 15 min in 10 mM Tris buffer. The
iNOS probe was similarly annealed at a high concentration
(1 μM) and then 20-fold diluted into the mRNA solution.
The fluorescence of the mixtures was monitored as a function
of time and iNOS mRNA concentration at 37◦C (Figure 6).
When the concentration of iNOS mRNA increased from
25 nM to 250 nM, corresponding to 0.5 to 5 times the
concentration of the probe, an unexpected rapid jump in
fluorescence was observed, followed by an increase in the
fluorescence intensity of the mixture. The pLuc probe with
two equivalents of mRNA, also showed a rapid jump in flu-
orescence, but there was no further increase in fluorescence
with time suggesting that the jump in fluorescence was due
to some experimental artifact. We have not been able to
establish the origin of the initial jump in fluorescence with
the addition of the mRNA and it was not observed in the
DNA experiment. The portion of the curve following the
initial rapid rise could be fit to the same type of biexponential
curve as with the DNA experiment with two approximately
equal phases with rate constants of about 0.006 s−1 and
0.0005 s−1. The maximum increase in fluorescence following
the rapid jump with 10-fold excess iNOS mRNA was only
about 33% of that observed for a sample in which the
strand displacement probe was heated and cooled with the
mRNA. The lower amount of fluorescence may be due to
the tertiary structure of the mRNA at 37◦C which could
reduce the binding affinity, and/or to the presence of multiple
folded mRNAs, some of which are more kinetically accessible
than others. Such folded structures, as well as protein
binding, could affect the accessibility of an antisense probe
in vivo.

3.4. Copy Number of iNOS mRNA in Cells. mRNAs are
usually expressed at very low levels inside cells, ranging from
tens to thousands of copies per cell [30]. The low copy
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Figure 5: Fluorescence activation of the strand displacement probes by iNOS mRNA.(a) Fluorescence spectra of the iNOS probe (0.2 μM
iNOS-FAM-PNA annealed to 0.4 μM iNOS-DNA-DABCYL) in the presence of 0.1, 0.2, and 0.4 μM iNOS mRNA. Positive control: 0.2 μM
iNOS-FAM-PNA annealed to 0.4 μM iNOS-DNA. (b) Fluorescence spectra of the pLuc probe (0.2 μM FAM-pLuc-PNA annealed to 0.4 μM
pLuc-DNA-DABCYL) in the presence of 0.4 μM iNOS mRNA. Excitation wavelength 488 nm. Temperature: 37◦C.

number of mRNAs can be a problem for in vivo mRNA
imaging because the signal generated will be very low and
hard to be distinguished from background noise. So far,
antisense imaging by fluorescently labeled probes are still
limited to relatively abundant transcripts [2]. Normally, the
expression level of iNOS is very low, but becomes greatly
stimulated by LPS and γ-IFN, making it a good system for
testing and validating antisense imaging probes. To our best
knowledge, the actual copy number of iNOS mRNA inside
cells before or after stimulation has not been reported. To
determine the copy numbers for iNOS mRNA, we performed
quantitative RT-PCR on nonstimulated RAW 264.7 cells and
cells stimulated with LPS/γ-IFN for 6 and 18 h. We chose
RAW264.7 cells for these studies because this is a mouse
macrophage cell line which is well known to elevate iNOS
expression in response to LPS/γ-IFN [31]. Furthermore,
the cells primarily responsible for iNOS induction in acute
lung injury (ALI) are alveolar macrophages, and we plan to
ultimately extend our studies to mouse models of ALI [32].
The in vitro transcribed iNOS mRNA was used to generate a
standard curve, and the housekeeping gene glyceraldehyde 3-
phosphate dehydrogenase (GAPDH) was used as an internal
control to determine the relative increase of iNOS mRNA
(See Supplementary Material). Using the standard curve,
the copy number for unstimulated cells was estimated to

be 760 per cell, but rose 70-fold to about 53,000 after 6 h
of stimulation, and 100-fold to 76,000 after eighteen hours.
The ��CT method using GAPDH as an internal reference
also showed a 96-fold increase for the iNOS mRNA after
18 h of stimulation, confirming the results obtained from the
standard-curve method. The large change in copy number,
and high mRNA level after stimulation makes iNOS mRNA
an ideal target for development and validation of antisense
imaging agents.

3.5. Imaging of iNOS mRNA Expression in Living Cells.
Intracellular delivery of nucleic acids has always been a
major obstacle for in vivo antisense imaging due to their
membrane impermeability. We have found that PNAs can be
efficiently delivered into cells by hybridizing the PNA with
negatively charged DNA and then forming an electrostatic
complex with cSCK (cationic-shell-crosslinked knedel-like
nanoparticle) [19, 20, 24]. In addition to being able to
form the electrostatic complex with the PNA•DNA duplex,
the positively charged shell of the cSCK nanoparticle also
facilitates entry into cells via endocytosis, and escape of the
PNA•DNA duplex from the endosome by the proton sponge
effect. Figure 7 shows the results of confocal imaging of
live RAW cells following with optimized concentrations of
both the probes and cSCK nanoparticles. For cells treated
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with LPS/γ-IFN, and the iNOS probe, there was bright
fluorescence inside the cytoplasm, indicating hybridization
of the probes to the mRNA. For cells not treated with LPS/γ-
IFN and cells treated with LPS/γ-IFN but with pLuc probe,
there was much less observable fluorescence. Quantification
of the fluorescence shows that there was a 16.6 ± 7.9-fold
increase in the average fluorescence of the iNOS probes
per cell that were stimulated with LPS/γ-IFN relative to
the cells that were not stimulated, which is consistent
with the expected difference in iNOS mRNA expression
level.

The average fluorescence/cell for the stimulated cells
treated with pLuc probe, however, showed a 4.1 ± 2.3-fold
increase in fluorescence compared to that for the iNOS
probe in unstimulated cells. One possible explanation is
that LPS/γ-IFN treatment might have caused an increased
internalization of the probes which would lead to an increase
in background fluorescence compared to unstimulated cells.
Figure 7 shows that stimulated cells are about two times
larger in diameter than unstimulated cells which could
explain the increase in background signal. LPS/γ-IFN stimu-
lation may also lead to an increase in degradation rate of the
probes within the cells that could increase the background
signal. The same experiment was repeated one month

later with similar, if not better results (See Supplementary
Material). In the second experiment, a 56 ± 24-fold increase
in average fluorescence per cell was observed for the iNOS
probe upon stimulation, while an 8 ± 4.2-fold increase
was observed for the pLuc probe. The difference in the
fluorescence per cell between the iNOS and pLuc probes
in the stimulated cells in the second experiment (7-fold)
was also greater than that observed in the first experiment
(4-fold). This second set of results, together with results
from an initial experiment preceding the first experiment
indicate that the results are reproducible but that there may
be experiment-to-experiment variability.

There are many other factors that could contribute
to the lower-than-expected difference in fluorescence from
the probes between the stimulated and unstimulated cells,
such as a difference in accessibility to the targeted mRNA
in stimulated and nonstimulated cells due to different
protein interactions and ribosomal activity. There is also
a possibility that the change in expression level of iNOS
mRNA determined by RT-PCR does not properly reflect the
change in expression level in the presence of nanoparticle in
the cytoplasm, where the probes appear to be. We saw no
fluorescence in the nucleus, either suggesting that the probes
are not entering the nucleus or the mRNA is inaccessible
in the nucleus. The former explanation is more likely,
as unpublished experiments carried out with similar but
unquenched probes do not appear to enter the nucleus. Since
it has been recently reported that there can be differences in
the level of a particular gene transcript in the cytoplasm and
the nucleus [33], it is possible that the increase in cytoplasmic
iNOS expression measured by the displacement probes is
less than what is being measured by RT-PCR for the whole
cell.

4. Conclusion

We have showed that the strand-displacement-activated PNA
probes function in vitro and can be efficiently delivered
by cSCK nanoparticles to image iNOS mRNA in living
cells. The iNOS probes showed a 17-to-56-fold increase in
average fluorescent signal per cell upon stimulation of cells,
but the signal was only 4-to-7-fold greater than the signal
seen for the noncomplementary pLuc probe. The observed
increase in iNOS probe fluorescence intensity compared to
unstimulated cells is much less than the expected value of
about 100 determined by RT-PCR, which may be due to off
target activation of the nontargeted probe, and/or activation
of the nontargeted probe resulting from degradation of
the quencher strand. The difference could also be due to
differences in mRNA expression detected by the strand
displacement probes in the cytoplasm, compared to that
detected by RT-PCR in the whole cell. Nonetheless, this
class of PNA-based strand-displacement probes combined
with cSCK nanoparticle delivery looks promising for live-cell
mRNA imaging, and merits further study and optimization.
In the future, the quencher strand could be made more
stable through the use of nondegradable nucleic acid analogs,
and the probes shifted farther to the red for in vivo
studies.
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Figure 7: Live cell imaging of iNOS mRNA expression with the strand-displacement probes. Z-stack projection of confocal fluorescent
images of RAW 264.7 cells and the quantitative analysis of fluorescence in selected regions of interests (ROIs) 24 h after transfection.
The iNOS probe (0.4 μM FAM-iNOS-PNA annealed to 0.5 μM iNOS-DNA-DABCYL) or pLuc probe (0.4 μM FAM-pLuc-PNA annealed
to 0.5 μM pLuc-DNA-DABCYL) was delivered with 9.7 μg/mL cSCK nanoparticle at an N/P ratio of 8 : 1. Green: FAM signal. Blue: Hoechst
nuclear stain.
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The duplex stability with target mRNA and the gene silencing potential of a novel bridged nucleic acid analogue are described.
The analogue, 2′,4′-BNANC antisense oligonucleotides (AONs) ranging from 10- to 20-nt-long, targeted apolipoprotein B. 2′,4′-
BNANC was directly compared to its conventional bridged (or locked) nucleic acid (2′,4′-BNA/LNA)-based counterparts. Melting
temperatures of duplexes formed between 2′,4′-BNANC-based antisense oligonucleotides and the target mRNA surpassed those
of 2′,4′-BNA/LNA-based counterparts at all lengths. An in vitro transfection study revealed that when compared to the identical
length 2′,4′-BNA/LNA-based counterpart, the corresponding 2′,4′-BNANC-based antisense oligonucleotide showed significantly
stronger inhibitory activity. This inhibitory activity was more pronounced in shorter (13-, 14-, and 16-mer) oligonucleotides. On
the other hand, the 2′,4′-BNANC-based 20-mer AON exhibited the highest affinity but the worst IC50 value, indicating that very
high affinity may undermine antisense potency. These results suggest that the potency of AONs requires a balance between reward
term and penalty term. Balance of these two parameters would depend on affinity, length, and the specific chemistry of the AON,
and fine-tuning of this balance could lead to improved potency. We demonstrate that 2′,4′-BNANC may be a better alternative
to conventional 2′,4′-BNA/LNA, even for “short” antisense oligonucleotides, which are attractive in terms of drug-likeness and
cost-effective bulk production.

1. Introduction

Recently designed and synthesized high-performance
modified-nucleic-acids (HiPerNAs) such as 2′-O-methyl
RNA (2′-OMe), 2′-O-methoxyethyl RNA (MOE), and 2′,4′-
bridged nucleic acid/locked nucleic acid (2′,4′-BNA/LNA)
have improved performance compared to phosphorothioate
antisense oligonucleotides (AONs). HiPerNAs overcome
the systemic antisense effects of these earlier antisense
oligonucleotides and show promise as antisense therapeutics
for the treatment of a variety of diseases [1–5]. However,
more potent and less toxic AONs are required, since several

clinical trials of AON drugs carrying HiPerNAs have been
recently terminated due to the lack of efficacy or because of
safety concerns. In addition, toxicity and delivery problems
remain [6–8].

We previously described a unique modified nucleic acid,
2′,4′-bridged nucleic acid (2′,4′-BNA; also known as LNA)
[9, 10]. Its high therapeutic efficacy is based on the extraor-
dinarily high target binding of the original 2′,4′-BNA/LNA-
based AON. 2′,4′-BNA/LNA-based AON is widely accepted
as one of the most promising antisense drugs, so fine-
tuning the structure of BNA is the key for further improving
the therapeutic potency and toxicological properties of
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Figure 1: Structures of the BNAs. The chemical structure on the left
is the original BNA, 2′,4′-BNA/LNA, and the structure on the right
is 2′,4′-BNANC.

AON. In this context, Seth and coworkers developed BNA
analogues and elucidated their potency and safety in vivo.
They reported BNA or LNA analogues with 2′,4′-BNA/LNA-
like binding affinities and biological activities with increased
nuclease resistance and reduced toxicity [11–14]. We have
also reported the synthesis and physicochemical properties
of several novel BNAs, including 2′,4′-BNACOC and 2,′4′-
BNANC [15–17], and recently demonstrated the biological
activity of a 2′,4′-BNANC -based AON. Our results indicate
that 2′,4′-BNANC may be a better candidate as an antisense
therapeutic [7]. 2′,4′-BNANC is a six-membered bridged
structure containing a hydrophilic aminooxy moiety. A wide
range of functional groups can be easily introduced, and the
introduction of nitrogen atoms would improve the stability
of the duplex by reducing repulsions between phosphates
in the backbone [18, 19] (Figure 1). 2′,4′-BNANC-modified
oligonucleotides have very high RNA affinity, similar to
or even higher than their 2′,4′-BNA/LNA counterparts.
Moreover, 2′,4′-BNANC-modified oligonucleotides are more
resistant to endonucleolytic cleavage by nucleases than their
2′,4′-BNA/LNA counterparts [17]. Although there is limited
information regarding the biological activity or therapeutic
potency of 2′,4′-BNANC-based AONs, we have demonstrated
the high systemic effects and safety of 2′,4′-BNA/LNA- and
2′,4′-BNANC-based 20-nucleotide-long (20-nt-long) AONs
that target PCSK9 mRNA [7]. Additionally, Prakashet al.
independently showed the high potency and the nontoxicity
of 2′,4′-BNANC-based AONs [11].

Straarup et al. recently shortened the length of 2′,4′-
BNA/LNA-based phosphorothioate AONs to eliminate the
latent potency of 2′,4′-BNA/LNA drugs [20]. These short
phosphorothioate AONs contain central 6- to 10-nt-long
DNA regions flanked by terminal 2- to 4-nt-long 2′,4′-
BNA/LNA segments. These short (12- to 14-nt) AONs
would be beneficial in terms of target specificity. The
introduction of only small numbers of modifications into
short 2′,4′-BNA/LNA-based AONs can greatly increase tar-
get affinity. Thus, short 2′,4′-BNA/LNA phosphorothioate
AONs can minimize length-dependent disadvantages such
as phosphorothioate-related protein binding and RNase H
inactivation [21–23] while maintaining satisfactory affinity
and specificity. Additionally, short AONs are easier to
produce on a bulk scale and could exhibit more drug-like

characteristics. Based on the assumption that the strand-
shortening strategy is also applicable to 2′,4′-BNANC-based
AONs, we shortened 2′,4′-BNANC-based phosphorothioate
AONs and directly compared their silencing activities against
the corresponding 2′,4′-BNA/LNA-based apolipoprotein B
(apoB)-targeting AONs.

2. Materials and Methods

2.1. Oligonucleotides. A series of 2′,4′-BNA/LNA-based anti-
sense 10- to 20-nucleotide-long phosphorothioate gapmers
reported previously by Straarup et al. [20] were prepared and
used in this study. These AONs were designed with com-
plementary target sites for both cynomolgus monkey and
human apoB mRNA sequences. The 10- to 16-nt-long AONs
can also target murine apoB mRNA (GenBank accession
number NM 000384 and NM 009693 for human and mouse
apoB mRNA, resp.). Additionally, we prepared 2′,4′-BNANC-
based counterparts in which all the 2′,4′-BNA/LNAs were
substituted by 2′,4′-BNANC. The synthesis of 2′,4′-BNANC

with pyrimidine bases was previously reported [16, 17];
the synthesis of 2′,4′-BNANC with purine bases is currently
being optimized and will be reported elsewhere. All the
modified oligonucleotides were synthesized by Gene Design,
Inc. (Ibaraki, Osaka, Japan) using standard phosphoramidite
procedures and purified using HPLC.

2.2. Thermal Melting Study of Duplexes. UV melting exper-
iments were carried out using a SHIMAZU UV-1650 spec-
trometer equipped with a Tm analysis accessory. Equimo-
lar amounts of two single-stranded oligonucleotides were
dissolved in 10 mM sodium phosphate buffer (pH 7.2)
containing 100 mM NaCl to give a final strand concentration
of 4.0 μM. The mixture was annealed by heating at 90◦C
followed by slow cooling to room temperature. The melting
profile was recorded at 260 nm in the forward and reverse
direction from 5 to 90◦C at a scan rate of 0.5◦C/min.

2.3. In Vitro Transfection Procedures. For AON transfection
experiments, Huh-7 cells were seeded at 15 × 104 cells
per well in 12-well plates. AONs were transfected by using
Lipofectamine 2000 (Invitrogen, Carlsbad, CA) according to
the manufacturer’s procedures. After a 4-hour transfection,
cells were washed with PBS, fresh medium was added,
and the cells were incubated for an additional 20 hours at
37◦C. After incubation, cells were collected and subjected to
analyses.

2.4. mRNA Quantification Procedures. Total RNA was iso-
lated from cultured cells using an RNeasy Mini Kit (Qia-
gen) according to the manufacturer’s procedure. Gene
expression was evaluated by a two-step quantitative reverse
transcription-PCR method. Reverse transcription of RNA
samples was performed by using a High Capacity cDNA
Reverse-Transcription Kit (Applied Biosystems, Foster City,
CA), and quantitative PCR was performed using a Fast
TaqMan Gene Expression Assay (Applied Biosystems). The
mRNA levels of target genes were normalized to the GAPDH
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Table 1: Oligonucleotides used in this study.

ID Sequence Tm (◦C) IC50 (nM)

ApoB-LNA-20 5′-TTCAGcattggtattCAGTG-3′ 75 ± 0.8 7.9 ± 1.7

ApoB-LNA-16 5′-CAGcattggtatTCAG-3′ 64 ± 0.8 2.9 ± 0.4a

ApoB-LNA-14 5′-AGCattggtatTCA-3′ 61 ± 0.2 1.4 ± 0.5b

ApoB-LNA-13 5′-GCattggtatTCA-3′ 58 ± 0.2 2.8 ± 0.8a

ApoB-LNA-10 5′-CattggtatT-3′ 25 ± 1.4 N.D.

ApoB-NC-20 5′-TTCAGcattggtattCAGTG-3′ 79 ± 1.0 11.4 ± 3.0

ApoB-NC-16 5′-CAGcattggtatTCAG-3′ 69 ± 0.8 1.3 ± 0.3b

ApoB-NC-14 5′-AGCattggtatTCA-3′ 64 ± 0.3 0.6 ± 0.1

ApoB-NC-13 5′-GCattggtatTCA-3′ 61 ± 0.1 0.9 ± 0.1

ApoB-NC-10 5′-CattggtatT-3′ 32 ± 0.4 N.D.

2′,4′-BNA/LNA was shown in uppercase and 2′,4′-BNANC was in italic. Natural DNA was shown in lowercase. All the linkages are phosphorothioated. We
measured Tm and IC50 values of all entries. Tm values were determined in three independent experiments (±SD). Nondetectable IC50 values, due to low
potency, were marked ND. a,bPairs of two IC50 values with superscript letters are NOT statistically significant.

mRNA level. The following primer sets were used for
quantitative PCR. For human apoB and GAPDH, assay
IDs of Hs01071209 m1 and Hs02758991 g1 were used,
respectively.

2.5. Western Blotting. Two days after transfection, the cul-
tures were subjected to centrifugation at 4◦C, 10,000 rpm
for 15 min. Each supernatant was collected into an Ami-
con Ultra-4 Centrifugal Filter Ultracel PL-10k (Millipore)
and centrifuged at 4◦C at 3,000 rpm for 1 h, and then
each supernatant was added to individual Vivaspin 500
units (Sartorius Stedim Biotech) and centrifuged at 4◦C at
3,000 rpm for 0.5 h. Each sample (9 μL) was added to 9 μL of
Novex Tris-Glycine SDS Sample Buffer (2x) (Invitrogen) and
applied to a 3–8% NuPAGE Tris-Acetate Gel (Invitrogen).
Electrophoresis was performed at 180 V for 130 min. The
separated proteins were transferred to a PVDF membrane
(Millipore) at 220 mA for 120 min. Membranes were then
incubated with 10 mL of blocking buffer (Blocking One;
Nacalai Tesque) for 12 h at 4◦C. Membranes were successively
incubated with primary antibody of anti-human ApoB
antibody (R&D Systems) for 80 min at room temperature.
Then, each membrane was washed with PBS containing
0.1% tween (PBST) 4 times. Membranes were incubated with
goat anti-mouse IgG-HRP antibody (Santa Cruz Biotech-
nology) for 80 min at room temperature. Chemiluminescent
detection was performed using an ECL Advance Western
Blot Detection Kit (Amersham Biosciences) according to the
manufacture’s procedure. Bands were visualized using an
LAS-4000 mini (Fujifilm).

2.6. Statistics. Application of linear regression techniques to
plots of the expression of apoB mRNA levels versus the
logarithm of transfection concentration allows estimation
of the coefficient (slope) and intercept values using the
following equation: apoB mRNA = Coefficient∗log (Con-
centration) + Intercept. These estimates can be useful guides
for the efficacies of the AONs. Linear regression analysis was
applied to 500 bootstrap sample sets obtained from three

independent cellular assays. The coefficient and intercept of
each regression line were compared using Tukey’s test or one-
sample t-test.

3. Results and Discussion

To better understand the effect of strand shortening on
2′,4′-BNANC-based AONs, a series of 2′,4′-BNANC-based
antisense oligonucleotides of 10- to 20-nt-long phospho-
rothioate gapmers and 2′,4′-BNA/LNA-counterparts were
synthesized (Table 1). Formation of a stable duplex with the
target mRNA is a minimum essential step of the onset of an
antisense effect. We first evaluated the thermal stability of the
duplex formed between each modified AON and the single-
stranded 20-nt-long oligoribonucleotide complementary to
ApoB-LNA-20 and ApoB-NC-20. As expected, the longer the
strand or the greater the number of modifications, the higher
the Tm value. Moreover, the Tm values of 2′,4′-BNANC-based
AONs surpassed those of their 2′,4′-BNA/LNA-based coun-
terparts for any given length (Table 1), in good agreement
with previous reports [11, 17]. Note that the exact Tm values
of LNAs in Table 1 are different from those given by Straarup
et al., due to differences in composition of the measurement
buffer solutions and in the length of the complementary
RNAs between the two studies.

We next used in vitro mRNA silencing assays to estimate
the potency of 2′,4′-BNANC-based AONs and to compare
their potency directly to the corresponding 2′,4′-BNA/LNA-
based AONs. We used the Huh-7 human hepatoma cell
line, which expresses high levels of apoB mRNA in cells and
secrets its protein into the medium. Each AON was intro-
duced using standard lipofection procedures. All the AONs,
except the 10-mers, ApoB-LNA-10, and ApoB-NC-10,
reduced apoB mRNA and protein expression (and hence
secreted protein) levels in a dose-dependent manner in the
cells and culture medium, respectively, (Figures 2(a) and
2(b)). ApoB-LNA-10 did not reduce apoB mRNA levels
even at concentrations above 64 nM. This may be because
ApoB-LNA-10 did not bind target mRNA at 37◦C due to
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Figure 2: In vitro silencing properties of BNA-based AONs. (a) Various concentrations (15.6 pM–64 nM) of AONs were introduced into
Huh-7 cells using Lipofectamine 2000. After 24-h incubation, the cells were collected, and the expression levels of apoB mRNA were
determined. Data represent means ± SD. (b) Reduction of Apo B protein levels in the culture medium following transfection was confirmed
by western blotting.

lack of affinity. ApoB-NC-10 also did not reduce apoB
mRNA expression, despite its higher Tm value compared
to that of ApoB-LNA-10. Application of linear regression
techniques to plots of the expression of apoB mRNA levels
versus the logarithm of transfection concentration allowed
estimation of the coefficient (slope) and intercept values.
Statistical comparison of these parameters between arms
with the identical length would provide useful guides for
the efficacies of the AONs. One-sample t-tests revealed that
the coefficients (slopes) of the 10-mer AONs had statistically

insignificant downward slopes, suggesting that these 10-mers
have little or no silencing effect (Figure 3).

A length-dependent decrease in potency in 14- to 20-
nt-long 2′,4′-BNA/LNA and 2′,4′-BNANC-based AONs was
observed (Table 1 and Figure 1). In each series of AONs,
the ApoB-LNA-14 and ApoB-NC-14 were the most potent,
whereas the ApoB-LNA-13 was the most potent AON
reported by Straarup et al. [20]. IC50 values of the 15-,
14-, 13-, and 12-mer AONs were so close to each other
(≈0.5 nM) that Straarup et al. confirmed the order by
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Figure 3: Boxplots of coefficients and intercepts of regression lines
obtained from cellular assay data. Bold lines in the box indicate
medians. Top and bottom lines of the box indicate upper and lower
quartile points, respectively. Top and bottom lines in contact with a
dotted line indicate the highest and lowest data point, respectively.
Open circles indicate outliers.

conducting an in vivo silencing study and showed that 12-
and 13-mer AONs are the most potent. In contrast, we
confirmed the order of in vitro silencing effects of all the
entries in Table 1 by using larger 12-well culture dishes.
These differences in experimental conditions (in vivo versus
in vitro) may explain the differences in the IC50 values of
2′,4′-BNA/LNA-based AONs and their order of potency. An
in vivo study might be necessary to estimate the true order.
Nevertheless, we observed in both chemistries that shorter
AONs (16-, 14-, and 13-mer) are statistically significantly
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Figure 4: Relationship between target affinity and antisense
potency. IC50 as a function of Tm values of 2′,4′-BNANC-based
AONs (solid line) and 2′,4′-BNA/LNA-based AONs (dotted line).

more potent than 20-mer AONs. Because the 10-mers did
not show any activity, activity is positively correlated with
binding affinity and indicates the presence of a “threshold
affinity.” However, longer AONs with higher affinities did
not exhibit higher activities. This suggests the presence of a
“length penalty” [20, 22] and the presence of an “optimal
affinity,” which might be a more appropriate description
than threshold affinity. The variables that independently
govern “length penalty” and “optimal affinity” remain
largely unknown. However, plasma and intracellular proteins
preferentially bind to the phosphorothioate internucleotide
linkages, and these linkages are known to control RNase
H activity [23–26]. Thus, the number of phosphorothioate
linkages is partly related to the “length penalty.”

Surprisingly, when compared to the identical length
2′,4′-BNA/LNA-based counterpart, the corresponding 2′,4′-
BNANC-based AON showed stronger inhibitory activity. The
differential in inhibitory activity is more pronounced in
shorter (13-, 14-, and 16-mers) AONs than in the 20-
mer (Table 1 and Figure 4). Indeed, as shown in Figure 3,
statistical comparison using the Tukey test of the coefficients
and intercepts of the regression lines, which indicate how
efficiently and strongly AONs reduce apoB mRNA, revealed
that 2′,4′-BNANC-based 13-, 14-, and 16-mers exhibit
significantly stronger inhibitory activity than their 2′,4′-
BNA/LNA counterparts. These potency differences could
not be explained simply by the higher Tm of the 2′,4′-
BNANC-based AONs compared to their 2′,4′-BNA/LNA-
based counterpart. 2′,4′-BNANC-based AONs might exhibit
less “length penalty” than their 2′,4′-BNA/LNA-based coun-
terpart. A weaker affinity for protein binding or lower
RNase H inhibitory activity of 2′,4′-BNANC-based AONs
could cause this potency difference. On the other hand,
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Figure 4 shows a plot of IC50 versus Tm, in which ApoB-
NC-20, which has the highest affinity, exhibited worse
IC50value than ApoB-LNA-20. These findings suggest that
very high affinity possibly undermines antisense potency,
although binding affinity to the target generally correlates
positively with potency in the case of traditional small
molecule drugs. The precise onset mechanism giving rise
to this phenomenon remains unclear due to the lack of
experimental data. However, the U- or V-shaped curves in
Figure 4 clearly indicate that the potency of AONs is the
result of a delicate balance of reward term and penalty
term. Thus, fine adjustment to the optimal affinity and
elimination of the penalties such as excess protein binding
and RNase H inhibitory activity could result in superior
efficacy, represented as the lowest point on the U- or V-
shaped curve.

In conclusion, we have shown that 2′,4′-BNANC-based
AONs targeting apoB mRNA have higher binding affinities to
the target RNA than do 2′,4′-BNA/LNA-based AONs. Addi-
tionally, in vitro transfection studies revealed the superior
silencing effect of short 2′,4′-BNANC-based AONs (<20-nt-
long), indicating that 2′,4′-BNANC may have advantageous
properties as short antisense drugs. We are currently investi-
gating the potential and safety of 2′,4′-BNANC-based AONs
as therapeutic drugs.
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In vitro selection by display methods has been an effective tool for engineering recombinant antibodies. mRNA display based on
a cell-free translation system has the advantages of larger library sizes and quicker selection procedures compared with cell-based
display methods such as phage display. However, mRNA display has been limited to select single-chain polypeptides such as scFvs
due to its characteristic of linking a nascent polypeptide with its encoding mRNA on the ribosome. Here we demonstrated a
new way of selecting heterodimeric Fab fragments by using mRNA display combined with emulsion PCR. We designed a pair of
complementary 5′ UTR sequences that can link the Fab heavy and light chain genes together by overlap-extension PCR in water-
in-oil emulsions. We confirmed that two mRNA-displayed polypeptides for heavy and light chain of a model Fab fragment were
associated into the active form and that a specific Fab fragment gene was enriched over 100-fold per round of a model affinity
selection followed by the gene-linking emulsion PCR. We further performed directed evolution of Fab fragments with higher
binding activity from a randomized Fab fragment library.

1. Introduction

In vitro selection by display methods has been an effective
tool in the field of protein engineering and especially has
been used to engineer recombinant antibodies for various
biological applications [1]. Phage display has been widely
used in the industry due to its feasibility to select Fab
fragments [2]. The Fab fragment of an immunoglobulin is
a heterodimer of the N-terminal half of a heavy (H) chain
and a complete light (L) chain. Because the Fab is more
native-like than the single-chain Fv (scFv), which is the other
commonly used recombinant antibody format for in vitro
selection, the Fab fragment format makes it able to select
more practical antibodies [3]. Other than phage display,
cell-free translation-based methods such as ribosome display
[4] and mRNA display [5] are being used for in vitro
selection of antibodies due to its advantage of permitting
speedier selection from larger size libraries than cell-based
methods. However, these cell-free translation-based methods
are limited to select scFvs due to its characteristic of linking

a nascent polypeptide with its encoding mRNA on the
ribosome.

To overcome this limit, we have recently developed a
bicistronic DNA display to select Fab fragments in a cell-
free translation system [6]. Bicistronic DNA display relies on
in vitro compartmentalization in water-in-oil emulsions [7],
and the man-made cell-like compartments make it possible
to display oligomeric proteins in a cell-free translation sys-
tem. Although bicistronic DNA display has made it possible
to select Fab fragments in a cell-free translation system, it has
some disadvantages compared with mRNA display. First, the
initial library size of bicistronic DNA display is three orders
of magnitude less than that of mRNA display. Second, the
linkage between the DNA and protein is a streptavidin-biotin
complex, making it less stable compared with the covalent
bond in mRNA display.

In this study we combined emulsion PCR [8–11] with
mRNA display in order to be able to select Fab fragments by
mRNA display. Since mRNA display is capable of selecting
candidates from a more diverse library and designing a more
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Figure 1: The DNA construct of the Fab fragments for mRNA display. (a) From the 5′ end it consists of a T7 promoter (T7), ribosomal-
binding site (RBS), variable region and constant region of the H chain or L chain, epitope tag, and a poly A tail. The H chain epitope tag is a
Myc tag and the L chain is a FLAG tag. The poly A tail is for purification of mRNA-displayed molecules by biotin-oligo dT in combination
with streptavidin beads. (Middle) Details of the linkable 5′ UTR. Between the T7 promoter (boxed) and RBS (green), 21 bases from the
beginning of T7 promoter transcription start point (arrow), in other words +1 to +21 of the H chain DNA (red) and L chain DNA (orange)
are designed so that they overlap with each other during overlap-extension PCR. (b) The reverse-transcribed DNA strands overlap at the
overlapping region (red) to form an H chain gene and L-chain-gene-linked DNA.

flexible selection strategy compared with bicistronic DNA
display, this new method would provide a new option for
selecting Fab fragments in a cell-free translation system.

2. Results and Discussion

2.1. Strategy. A Fab fragment consists of an H chain and an
L chain, and by applying mRNA display, an mRNA-displayed
H chain and an mRNA-displayed L chain can each be made.
If these two mRNA-displayed molecules dimerize, they will
form an mRNA-displayed Fab fragment. However, in this
case, the correspondence of the selected H and L chains
cannot be determined because the two genes are different
RNA molecules and will be amplified separately after affinity
selection. Applying overlap-extension PCR in water-in-oil
emulsion from a single Fab molecule and linking these two

genes together to amplify them at once will overcome this
problem. Thus, we have designed a pair of complementary
5′ UTR sequences that can be linked together by overlap-
extension PCR (Figure 1). The whole DNA construct for this
strategy consists of a linkable 5′ UTR with a T7 promoter
and ribosomal binding site; an ORF with the variable region,
constant region, and an affinity tag, and at the 3′ end there
are 25 adenines for mRNA-based purification by oligo-dT
resin.

The scheme for in vitro selection of Fab fragments using
mRNA display and emulsion PCR is shown in Figure 2.
Firstly, mRNA-displayed H and L chains are separately
prepared by in vitro translation of puromycin-ligated mRNA
templates. Both the H chain and L chain are subsequently
purified by oligo-dT resin in order to remove all free pro-
teins that could not form an mRNA-displayed molecule,
avoiding a Fab fragment existing with only one chain being
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Figure 2: Scheme of in vitro selection of Fab fragments using mRNA display and emulsion PCR. Step 1: A randomly mutated DNA library
of an H chain gene and an L chain gene is separately prepared. Each DNA library is transcribed and puromycin is ligated to the 3′ end
to make an mRNA template. Step 2: The mRNA template is translated to form an mRNA-displayed molecule. Step 3: The molecules are
purified and subsequently reverse is transcribed to make the mRNA portion a DNA hybrid. The H and L chain molecules are combined to
form an mRNA-displayed Fab fragment. Step 4: The mRNA-displayed Fab fragments are subjected to in vitro antigen selection. Step 5: The
selected mRNA-displayed Fab fragments are recovered and mixed with PCR reagents. The mixture is emulsified and the corresponding H
and L chain genes are linked together by overlap extension PCR. Step 6: The linked DNA is amplified by PCR again with different primers
to regenerate the H and L chain genes. Step 7: The regenerated genes are reamplified by DNA shuffling to make the templates for the next
round of selection. Step 8: After a suitable number of rounds of selection, the selected DNA is cloned and sequenced to identify the selected
Fab fragments.

mRNA-displayed. After a reverse transcription step in order
to make the mRNA portion of the mRNA-displayed molecule
an mRNA/DNA hybrid, the H and L chains are mixed
together to form mRNA-displayed Fab fragments. These
mRNA-displayed Fab fragments are selected by the target
antigen and then eluted under conditions that the oligomeric
structure is maintained. The eluted mRNA-displayed Fab
fragments are subjected to emulsion PCR and a single
mRNA-displayed Fab fragment is trapped inside a single mi-
celle where the H and L chain genes are linked together by
overlap-extension PCR. The linked DNA is either amplified
by PCR to regenerate the H and L chain genes for further
selection or sequenced to identify the selected Fab fragments.

2.2. Proof-of-Principle Experiments. In order for the scheme
depicted in Figure 2 to work, we confirmed the following
three points: (i) the H and L chain genes overlap properly
by emulsion PCR; (ii) an mRNA-displayed H chain and an
mRNA-displayed L chain form a Fab fragment with binding
activity; (iii) genes do not crossover during emulsion PCR

and the corresponding H chain and L chain genes are pro-
perly linked together.

Figure 3(a) shows that when there are only reverse
primers for the H and L chains, the DNA amplifies only
when both the H and L chain genes exist and does not when
there is only one of the genes. This proves that the linkable 5′

UTR is properly designed to overlap and only Fab fragments
with both mRNA-displayed H and L chains can be specif-
ically amplified. Therefore, unwanted gene amplification of
unspecific H chain or L chain binders that does not form Fab
fragments can be removed, exhibiting the advantage of this
overlapping method compared to regular PCR amplification.

Next, to show that an mRNA-displayed H chain and
mRNA-displayed L chain form a Fab fragment with binding
activity, mRNA-displayed anti-fluorescein Fab and anti-
p53 Fab fragments were used in a model affinity selection
experiment. Confirmed by pull-down assays and western
blotting, these antibodies do not bind unless they form
a Fab fragment (data not shown). Equal molar amounts
of mRNA-displayed anti-fluorescein Fab and anti-p53 Fab
fragments were subjected to in vitro selection against antigen
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Figure 3: Model experiments of in vitro selection of Fab fragments using mRNA display and emulsion PCR. (a) Confirmation of the H and
L chain gene linking by PCR. The H chain or/and L chain gene of anti-fluorescein Fab fragments were amplified by PCR with forward and
reverse primers of the corresponding gene or only reverse primers of both genes and analyzed on a 1.5% agarose gel. Primers H-F, H-R,
L-F and L-R are UnivOL1-F, Myc-R, UnivOL2-F, and FLAG-R, respectively (Table 1). (b) Antigen-specific enrichment of mRNA-displayed
Fab fragments. A single round of affinity selection was carried out for antigen-immobilized and nonimmobilized beads from a mixture of
equally amounted anti-p53 and anti-fluorescein Fab fragment genes. The amount of each gene before and after selection was quantified by
quantitative PCR. The amount of the positive control gene divided by that of the negative control gene is plotted for both before selection
(gray) and after selection by antigen-immobilized bead (black) and nonimmobilized beads (white). (c) Confirmation of H and L chain gene
linking by cloning and sequencing after affinity selection. mRNA-displayed anti-fluorescein Fab fragments and mRNA-displayed anti-p53
Fab fragments were mixed in a ratio of 1 : 50 and then used for affinity selection against fluorescein-immobilized beads. After selection, a
total of 13 clones were sequenced, and the correspondence of the H and L chains was confirmed.

p53 or fluorescein, and the amounts of the molecules before
and after selection were quantified by quantitative PCR. As
expected, each of the Fab fragment genes was enriched when
they were selected against their antigens (Figure 3(b)). The
anti-fluorescein Fab fragment gene showed an approximate
110-fold enrichment and the anti-p53 Fab fragment gene
showed an approximate 5-fold enrichment. The difference in
the enrichment efficiency is probably due to the difference
in the dissociation constant; the anti-p53 Fab fragment has a
weaker affinity towards its antigen. On the other hand, both
antibodies did not show any enrichment when their antigens
were not present during in vitro selection, showing that both
mRNA-displayed Fab fragments bind to their antigens with
specificity.

Finally, to confirm that genes do not crossover during
emulsion PCR and the corresponding H chain and L
chain genes are properly linked together, the DNA after
affinity selection was cloned and confirmed by capillary
DNA sequencing. The mRNA-displayed anti-fluorescein Fab
fragment and the mRNA-displayed anti-p53 Fab fragment
were mixed in a ratio of 1 : 50 and then used for affinity
selection against fluorescein-immobilized beads. Out of the
13 sequenced DNA clones after selection, 11 clones were H

and L chain-linked anti-fluorescein and 2 clones were H
and L chain-linked anti-p53 (P < 0.001), resulting in a
conclusion that the corresponding H chain and L chain genes
are properly linked together and the genes do not crossover
during emulsion PCR (Figure 3(c)).

2.3. Affinity Selection from a Randomized Fab Fragment
Library. Finally, we applied the mRNA display and emul-
sion PCR procedure for selection from a randomized Fab
fragment library. We constructed an anti-p53 Fab fragment
library with random point mutations by error-prone PCR
and DNA shuffling from the wild type. When a fraction
of the library was analyzed by DNA sequencing, the H
chain and L chain had an average of 2.9 base/gene and 3.1
base/gene mutation, respectively. From this library, 4 rounds
of affinity selection were performed under the condition
of gradually decreasing amounts of immobilized antigen
(round 1, 400 nM; round 2, 40 nM; round 3, 4 nM; round
4, 0.4 nM). After 4 rounds of selection, the total binding
activity of in-vitro-translated products of the library at each
round was analyzed by ELISA (Figure 4(a)). The binding
activity gradually increased in successive rounds of selection,
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Figure 4: Affinity selection of randomly mutated anti-p53 Fab fragments. (a) Binding activity of the library after each round of selection.
Random mutations were introduced to anti-p53 Fab fragments and 4 rounds of affinity selection were carried out under decreasing antigen
concentration (round 1, 400 nM; round 2, 40 nM; round 3, 4 nM; round 4, 0.4 nM). After each round of selection, the fraction of the mutant
Fab fragment library that binds to p53 was monitored by ELISA. Round 0 represents the randomly mutated initial library before selection. (b)
Amino acid mutations of the selected variants. Bold type represents the mutations in the CDR and the minus (−) represents no amino acid
mutations. (c) Binding activity of the selected variants after the 4th round of selection. The antigen binding activities of the selected variants
were measured by ELISA. The absorbance at 450 nm of the wild type was used for normalization. (d) Competitive ELISA for estimating their
affinities of variants with higher binding activity than the wild type. Competitive ELISA was preformed with 0–1000 nM free p53 for clone
number 10–12 and the wild type (wt). The signals were normalized to that of 0 nM competitor concentration.

indicating that specific binders have been enriched in the
library.

The library after the 4th round of selection was cloned
and sequenced (Figure 4(b)). The binding activities of arbi-
trarily chosen 12 clones were analyzed and approximately
60% of those clones had similar or higher binding activities
than the wild type (Figure 4(c)). The clones that had similar
binding activities as the wild type (numbers 6–9) had
mutations only in the constant region and since the constant
region does not influence the affinity of most antibodies
[3, 6] it is likely that these are neutral mutations. Among
these mutations, S187R and K206R were found in several
other clones and, these may be fixed neutral mutations in
an early round of selection by random genetic drift. The
clones that had higher binding activity than the wild type
(numbers 10–12) all had mutations in the variable region of

the L chain, either in the CDR or close to the CDR. Since
the CDR directly contacts with the antigen, mutations in
and near the CDR affect the affinity of the antibody [5, 12–
14]. Analysis by competitive ELISA confirmed that all these
clones specifically competed against free p53 (Figure 4(d)),
and from the Scatchard plot, the Kd of clone 10, 11, 12
and wild type were estimated to be around 100 nM, 90 nM,
60 nM, and 140 nM, respectively.

These results demonstrated that the combination of
mRNA display and emulsion PCR was able to eliminate
inactive Fab fragments from the randomized Fab fragment
library and select Fab fragment candidates according to the
designed procedure. However, the affinities of the selected
mutants were not so high. Only mutations in the L chain had
a positive influence on the affinity, and mutations in the H
chain were either neutral (S187R, K206R) or slightly harmful
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(A98V). Mutants with A98V still have intermediate binding
activity and the rather mild selection pressure of decreasing
antigen concentration in this study may have let such a
mutation survive through selection. Gradually lowering the
antigen concentration has been demonstrated as a strategy
for affinity maturation of some antibodies [15, 16] but
introducing more stringent selection pressure such as off-
rate selection [5, 12–14] may have produced a better result.
Further, the difference in the cell-free translation system may
have affected the result as well. In this study, a reconstituted
PURE E. coli translation system [17] was used for mRNA
display of antibody fragments for the first time, but the
efficiency of the mRNA being linked to the protein (∼10%
of the total mRNA library; data not shown) is lower than our
previous study based on a wheat germ translation system [5].
Optimizing the cell-free translation system for our mRNA
display system should produce better results as well.

2.4. Future Perspectives. A big advantage of our method in
this study may be the large library size of mRNA display,
which is the largest among all display methods, and the use of
next generation sequencers would be able to pull out the full
potential of this method. The newest Roche 454 Sequencer
can sequence approximately 106 reads of approximately
900 bp, long enough to cover both of the linked variable
regions. Also, a recent study by phage display and deep
sequencing has revealed that one round of selection is
enough for identifying positive clones [18]. Although, 106

reads are not enough to cover the whole selected Fab frag-
ment library, combining it with a microfluidic chip for high
enrichment efficiency per round of selection [19] may make
it possible to obtain unique high affinity binders. Further
possibilities may be considered when the specifications of
the next generation sequencers improve even more. The
speed of improvement for this technology is remarkable, and
when it becomes possible to sequence the whole selected Fab
fragment library (around 108–109 molecules), it should allow
selection of low affinity antibodies that would usually be lost
in a typical selection of repetitious rounds, expanding the
variety of potentially effective antibody candidates.

Other possible applications by our method described in
this study would be proteome analyses, such as massively
parallel detection of protein/protein interactions. Recently,
Nirantar and Ghadessy demonstrated a way to identify
various protein/protein interactions by library versus library
two-hybrid screening using emulsion PCR [20]. A similar
strategy can be carried out by our method by pulling-down
in-vitro-translated mRNA-displayed protein complexes with
an affinity tag and incorporating them into emulsions. Fur-
thermore, the immense flexibility of our cell-free translation-
based method would allow selection of not only pro-
tein/protein complexes, but also RNA/protein complexes.
This concept can be completed by simply changing one side
of the complex from an mRNA-displayed molecule to an
ordinary RNA molecule, in other words merging SELEX
[21], a common way for in vitro selection of RNA aptam-
ers, with this mRNA display and emulsion PCR method.
An example of RNA/protein complex selection would be

selection of a ribonucleic peptide aptamer. In previous
studies, it took two steps to make a high-affinity ribonucleic
peptide aptamer against ATP, first step by SELEX [22] and
second step by phage display [23]. Since our method can do
selection against RNA and peptide at once, it may be
possible to obtain a high-affinity binder in only one step. We
have confirmed that emulsion RT-PCR can be carried out
and incorporated into this method (data not shown), and
selection of RNA/protein complexes by in vitro display
methods shall be carried out in the near future.

In conclusion, other than in vitro selection of Fab frag-
ments, our method in this study has the possibilities of being
able to carry out proteomics applications and RNA/protein
complex selection. This variety of possible applications
shows the potential convenience of in vitro selection by
mRNA display and gene-linking emulsion PCR.

3. Materials and Methods

3.1. DNA Construction. The oligonucleotide sequences used
in this study are listed on Table 1. The H chain and L chain
genes of both anti-fluorescein Fab and anti-p53 Fab frag-
ments were constructed by PCR with KOD-plus Neo DNA
polymerase (Toyobo) from plasmids including these Fab
fragment genes [6] using primers Universal-OL1 and Myc-R
or Universal-OL2 and FLAG-R, respectively. The PCR prod-
ucts were cloned into pCR2.1-TOPO vector (Invitrogen) and
confirmed by an ABI PRISM 3100 genetic analyzer (Applied
Biosystems). DNA templates of the H chain and L chain
genes for mRNA display were prepared by PCR from these
plasmids using primers Universal-OL1 and Myc25A-R, or
Universal-OL2 and FLAG25A-R, respectively.

3.2. Library Construction. A randomized anti-p53 Fab frag-
ment library was constructed by introducing point mutation
to the wild type with the combination of error-prone PCR
and StEP [24]. Mutazyme II DNA polymerase (Stratagene)
was used for error-prone PCR and 15 ng of either the H chain
gene or the L chain gene constructed above was amplified for
30 cycles according to the protocol. After error-prone PCR,
StEP was performed using Ex Taq DNA polymerase (Takara)
as follows: denaturation at 95◦C for 2 min, 80 cycles of 95◦C
for 30 sec and 55◦C for 5 sec, followed by 95◦C for 30 sec,
60◦C for 30 sec, and 72◦C for 15 min. The PCR products
were then resolved by agarose gel electrophoresis, extracted
and purified with the QIAquick gel extraction kit (Qiagen).
Error-prone PCR and StEP was performed once more each
under the same condition. At every step, primers Universal-
OL1 and Myc25A-R or Universal-OL2 and FLAG25A-R were
used for the H chain and L chain genes, respectively.

3.3. In Vitro Transcription and Translation. The DNA tem-
plates were transcribed by T7 Ribomax Express Large Scale
RNA production system (Promega) and purified by using
the RNeasy mini kit (Qiagen). The transcribed mRNAs were
then ligated with a puromycin linker by T4 RNA ligase
(Takara) as described in previous studies [5]. Translation
was done by PURE system S-S (PostGenome Institute) and
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Table 1: Oligonucleotide sequences.

Name Sequence (5′ to 3′)

Universal-OL1 GAAATTAATACGACTCACTATAGGGAAACCACTACGGTCTCCCTCTAGAAATAATTTTGTTTAACTTTAAGAAG
GAGATATACCA

Myc-R AAGGTCTTCTTCACTAATCAGTTTCTGCTC

Universal-OL2 GAAATTAATACGACTCACTATAGGGAGACCGTAGTGGTTTCCCTCTAGAAATAATTTTGTTTAACTTTAAGAAG
GAGATATACCA

FLAG-R CTTGTCGTCATCGTCCTTGTAGTC

Myc25A-R TTTTTTTTTTTTTTTTTTTTTTTTTAAGGTCTTCTTCACTAATCAGTTTCTGCTC

FLAG25A-R TTTTTTTTTTTTTTTTTTTTTTTTTCTTGTCGTCATCGTCCTTGTAGTC

PolyT oligo TTTTTTTTTTTTTTTTTTTTTTTTT

UnivOL1-F GAAATTAATACGACTCACTATAGGGAAACCACTACGGTC

UnivOL2-F GAAATTAATACGACTCACTATAGGGAGACCGTAGTGGTT

Fluo-F CAGGATCGAGTGGGTCAAAC

Fluo-R GGTGCTGGAGCTTTTGTCTG

p53-F GGCAGAGCTTGTAAGGTCAG

p53-R CAATCCATCCAATCCACTCC

The bold type resembles the sequences of the overlapping region for overlap-extension PCR.
Poly T oligo is labeled with a photo-cleavable biotin at the 5′ end.

5 pmol each of H and L chain templates were translated
separately in a 25 μL scale for 2 hours at 37◦C to form mRNA-
displayed molecules. The molecules were then diluted into
175 μL of Hybridization Buffer (1 M NaCl, 100 mM Tris-
HCl, pH 7.4, 10 mM EDTA, and 0.25% Triton X-100)
and mixed with 100 pmol of poly-dT oligonucleotide with
a biotinylated photo-cleavable linker and a high-capacity
NeutrAvidin agarose resin (Pierce). The resin mixture was
mixed gently at 4◦C for 1 hour and subsequently washed with
PBST (PBS with 0.1% Tween 20) three times. The resin was
then mixed with ReverTra Ace reverse transcriptase (Toyobo)
and incubated at 42◦C for 30 min. After washing with PBST
three times, 40 μL of elution buffer (PBS with 10% Solution
A of PURE system S-S) was added to the resin and exposed
to UV radiation at >300 nm to elute the mRNA-displayed
molecules as previously described [25]. The purified mRNA-
displayed H and L chains were mixed and then incubated
overnight at 4◦C to form mRNA-displayed Fab fragments.

3.4. Gene-linking Emulsion PCR. Emulsions were prepared
by stirring 50 μL of PCR reagents containing the selected
mRNA-displayed Fab fragments, KOD-plus Neo DNA poly-
merase, and primers Myc-R and FLAG-R into 950 μL of
mineral oil-surfactant mixture [mineral-oil (Nacalai Tesque)
containing 0.45% Span 85 (Nacalai Tesque), 0.04% Tween
20 (Sigma), and 0.01% Triton X-100 (Nacalai Tesque)] at
2300 rpm for 30 sec at 4◦C. The emulsions were dispensed
into 0.2 ml PCR tubes 80-μL each and PCR was performed
with a T1 thermocycler (Biometra). The PCR program was
as follows: denaturation at 94◦C for 2 min; 40–50 cycles of
98◦C for 10 sec, 60◦C for 30 sec, and 68◦C for 1 min; final
extension at 68◦C for 4 min. A 70 μL aliquot of the top layer
was collected from each PCR tube, moved to a 1.7 mL tube,
mixed with 100 μL of ddH2O, and centrifuged at 15,000 rpm
for 10 min at 40◦C to break the emulsions. Approximately

90% of the aqueous layer from the bottom was recovered
and purified by briefly mixing it with 1 mL of mineral oil
and centrifuging the mixture at 15,000 rpm for 2 min. From
the purified aqueous layer, a 120 μL aliquot was recovered
and purified by using the QIAquick PCR purification kit
(Qiagen). Subsequently, the PCR products were resolved by
agarose gel electrophoresis, extracted, and purified with the
QIAquick gel extraction kit.

3.5. Affinity Selection. Biotinylated antigen (either fluores-
cein (Sigma) or p53 C-terminal peptide (SKKGQSYSRH)) or
biotin was added to 100 μL of Magnotex-SA beads (Takara)
dispersed in PBST, gently mixed at 4◦C for 1 hour. After
washing with PBST three times, 100 μL of blocking buffer
(DIG wash and block buffer set; Roche) was added and
gently mixed at 4◦C for another hour and finally washed with
PBST to prepare antigen-immobilized beads or mock beads,
respectively. To these antigen-immobilized beads or mock
beads 5 μL of sonicated salmon sperm DNA (Stratagene),
5 μL of yeast tRNA (Invitrogen) and 40 μL mRNA-displayed
Fab fragments were added. After having been gently mixed
for 1 hr at 4◦C for binding, the beads were washed with
PBST three times and heated at 70◦C for 15 min to elute
the bound mRNA-displayed Fab fragments. Subsequently,
emulsion PCR was performed as described above to link the
corresponding H and L chain genes together.

To regenerate the genes, PCR was performed with KOD-
plus Neo DNA polymerase using primers UnivOL1-F and
Myc-R or UnivOL2-F and FLAG-R for the H chain and L
chain genes, respectively. To prepare the DNA templates for
the next round of selection, the regenerated H chain and
L chain genes were amplified by StEP using Ex Taq DNA
polymerase and the same primers and program described
above with exception that the cycle numbers ranged from 60–
80 cycles. The PCR products were then resolved by agarose
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gel electrophoresis, extracted and purified with the QIAquick
gel extraction kit.

After several rounds of selection, the selected DNA was
cloned using a TOPO XL PCR cloning kit (Invitrogen) and
sequenced with the ABI PRISM 3100 genetic analyzer.

3.6. Quantitative PCR. The DNA amount of each gene was
quantified by real-time PCR using SYBR premix Ex Taq DNA
polymerase (Takara) and Lightcycler (Roche). Primers Fluo-
F and Fluo-R were used for anti-fluorescein Fab fragment
genes, and primers p53-F and p53-R were used for anti-p53
Fab fragment genes.

3.7. ELISA. Fab fragments were expressed by transcribing
and translating the H chain and L chain gene DNA with
the PURE system S-S. Meanwhile, a p53 C-terminal peptide-
immobilized plate was prepared by adding 100 pmol of
biotinylated p53 C-terminal peptide and 100 μL of TBST
(TBS with 0.1% Tween 20) to a Streptavidin C8 transparent
plate (Nunc) and shaking it for 1 hour at room temperature.
The plate was then washed with TBST 10 times and blocked
with 200 μL of blocking buffer by shaking it for 1 hour at
room temperature. Separately, the expressed Fab fragments
were diluted into 100 μL of TBST containing 0–1000 nM p53
C-terminal peptide as a competitor and preincubated at 4◦C
for 1 hour. Then, the samples were added to the fluorescein-
immobilized plate and shaken for 5 min. After a washing
step, 100 μl of TBST with 0.1% anti-FLAG M2 peroxidase
conjugate (Sigma) was added and shaking was continued for
1 hour. The plate was washed for the last time and 100 μL of
TMB (Nacalai Tesque) was added. The plate was shaken for
20 min and then 100 μL of 1 N H2SO4 was added to stop the
reaction. The absorbance at 450 nm was measured (reference
wavelength: 655 nm). The Kd values of the selected clones
were estimated from the Scatchard plot.
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León, R. Sánchez, L. D. Possani, and B. Becerril, “The change
of the scFv into the Fab format improves the stability and in

vivo toxin neutralization capacity of recombinant antibodies,”
Molecular Immunology, vol. 44, no. 6, pp. 1307–1315, 2007.

[4] J. Hanes and A. Plückthun, “In vitro selection and evolution
of functional proteins by using ribosome display,” Proceedings
of the National Academy of Sciences of the United States of
America, vol. 94, no. 10, pp. 4937–4942, 1997.

[5] I. Fukuda, K. Kojoh, N. Tabata et al., “In vitro evolution of
single-chain antibodies using mRNA display,” Nucleic Acids
Research, vol. 34, no. 19, article e127, 2006.

[6] T. Sumida, N. Doi, and H. Yanagawa, “Bicistronic DNA display
for in vitro selection of Fab fragments,” Nucleic Acids Research,
vol. 37, no. 22, article e147, 2009.

[7] D. S. Tawfik and A. D. Griffiths, “Man-made cell-like compart-
ments for molecular evolution,” Nature Biotechnology, vol. 16,
no. 7, pp. 652–656, 1998.

[8] M. Nakano, J. Komatsu, S. I. Matsuura, K. Takashima, S.
Katsura, and A. Mizuno, “Single-molecule PCR using water-
in-oil emulsion,” Journal of Biotechnology, vol. 102, no. 2, pp.
117–124, 2003.

[9] T. Kojima, Y. Takei, M. Ohtsuka, Y. Kawarasaki, T. Yamane, and
H. Nakano, “PCR amplification from single DNA molecules
on magnetic beads in emulsion: application for high-through-
put screening of transcription factor targets,” Nucleic Acids
Research, vol. 33, no. 17, article e150, 2005.

[10] R. Williams, S. G. Peisajovich, O. J. Miller, S. Magdassi, D. S.
Tawfik, and A. D. Griffiths, “Amplification of complex gene
libraries by emulsion PCR,” Nature Methods, vol. 3, no. 7, pp.
545–550, 2006.

[11] F. Diehl, M. Li, Y. He, K. W. Kinzler, B. Vogelstein, and D.
Dressman, “BEAMing: single-molecule PCR on microparti-
cles in water-in-oil emulsions,” Nature Methods, vol. 3, no. 7,
pp. 551–559, 2006.

[12] L. Jermutus, A. Honegger, F. Schwesinger, J. Hanes, and A.
Plückthun, “Tailoring in vitro evolution for protein affinity or
stability,” Proceedings of the National Academy of Sciences of the
United States of America, vol. 98, no. 1, pp. 75–80, 2001.

[13] C. Zahnd, S. Spinelli, B. Luginbühl, P. Amstutz, C. Cambillau,
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Human immunodeficiency virus-1 (HIV-1) replication and gene expression entails specific interaction of the viral protein Tat
with its transactivation responsive element (TAR), to form a highly stable stem-bulge-loop structure. Previously, we described
triphenylphosphonium (TPP) cation-based vectors that efficiently deliver nucleotide analogs (PNAs) into the cytoplasm of cells.
In particular, we showed that the TPP conjugate of a linear 16-mer PNA targeting the apical stem-loop region of TAR impedes
Tat-mediated transactivation of the HIV-1 LTR in vitro and also in cell culture systems. In this communication, we conjugated TPP
to cyclic and hairpin PNAs targeting the loop region of HIV-1 TAR and evaluated their antiviral efficacy in a cell culture system.
We found that TPP-cyclic PNAs containing only 8 residues, showed higher antiviral potency compared to hairpin PNAs of 12 or
16 residues. We further noted that the TPP-conjugates of the 8-mer cyclic PNA as well as the 16-mer linear PNA displayed similar
antiviral efficacy. However, cyclic PNAs were shown to be highly specific to their target sequences. This communication emphasizes
on the importance of small constrained cyclic PNAs over both linear and hairpin structures for targeting biologically relevant RNA
hairpins.

1. Introduction

The transcriptional transactivation of the HIV-1 genome
requires a specific interaction between the highly conserved
TAR RNA hairpin fragment with the viral Tat protein and
cellular factors (PTEFb-cyclin T1-CDK9 kinase complex).
Both the six-nucleotide loop and the three-nucleotide bulge
of TAR RNA (Figure 1(a)) are involved in the formation of
this complex [1–3]. Therefore, molecules that can bind to
the bulge or the loop of TAR are of great therapeutic interest,
since disruption of the ternary complex formation leads to
abortive mRNA synthesis and, consequently, to inhibition of
viral replication.

During the last decade, a wide number of TAR ligands
have been described [4, 5]. Among them, one can cite R06
aptamers (such as R0624 or R0618, Figure 1(b)), which were
identified initially by in vitro selection [6]. These aptamers
are folded RNA stem-loop structures which recognize the

mini-TAR fragment (Figure 1(a)) not only on the basis of
sequence complementarity, as classical antisense oligomers,
but also on the basis of the tertiary structure of their target.
This leads to highly stable and specific loop-loop complexes,
also called “kissing complexes.” The key features for the
establishment of such complexes are the hairpin structure
of R06 aptamers as well as the octameric loop constituted
by the 5′-UCCCAG-3′ sequence complementary to the TAR
hexaloop, flanked by a G and a A residues. Although these
two G/A residues are not directly involved in the loop-loop
interaction, they were shown to be crucial for the formation
of a stable kissing complex [7–10].

In a cellular compartment, RNA aptamers are rapidly
degraded by nucleases, limiting their potential as therapeutic
agents. Thus, several chemically-modified R06 derivatives
were prepared with the view of improving both the phar-
macological properties and TAR affinity. N3- > P5 phos-
phoramidate [11, 12], 2-O-methyl RNA [13, 14], and some
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hexitol nucleic acids (HNA)/RNA mixmers [15] were shown
to display an improved nuclease resistance while maintaining
a similar TAR-binding constant. TAR-binding properties of
R06 analogs containing LNA residues were also studied [10,
16–19]. While the fully modified LNA version of R06 proved
to be a poor TAR ligand, some chimeric LNA/DNA, and
LNA/2′-OMe RNA aptamers displayed binding properties
of interest. However, the identification of such chimeric
aptamers is laborious, because it requires a systematic
screening of all possible combinations, as no rule dictates the
number and positions at which LNA nucleotides have to be
incorporated to allow a strong loop-loop interaction.

Concerning the biological activity of these aptamer
analogs, although some of them were shown to inhibit
specifically Tat-mediated transcription in cell-free assays
[12, 13, 15, 20, 21] or in cell assays when transfected with
cationic lipids [17], none of them was evaluated as anti-
HIV agents. However, it was shown that, when expressed
endogenously in HeLa cells, the RNA aptamer R06 was able
to inhibit HIV replication [22], highlighting the antiviral
potential of nuclease resistant molecules that recognize the
TAR loop through both their primary sequence and their
tertiary structure.

Based on these results, we previously devised small
synthetic constrained structures derived from the R06
aptamer derivatives, and reported that they were able to
interact with the TAR loop through “kissing-like” complexes
of high affinity [23]. These structures are constituted by
an octameric PNA (Figure 2) 5′-GTCCCAGA-3′ sequence
identical to the one found in R06 aptamers, head-to-tail
cyclized via polyamide linkers of different length (1a–c,
Figure 2(b)). We chose to introduce PNAs as RNA mimics
since they are highly stable in biological media and they
hybridize strongly with complementary RNA sequences [24].
A limitation to their in vivo applications is their poor
ability to cross cell membranes. Thus, a lysine residue
was incorporated in cyclic PNAs to allow their subsequent
conjugation with cell penetrating moieties [25–27].

Here, we report the synthesis of cyclic PNAs (1–3, Figures
2(b) and 3) and hairpin PNAs (4–6, Figure 3) conjugated to a
triphenylphosphonium (TPP)-based cell penetrating vector
(Figure 4(a)). This vector is constituted by a TPP lipophilic
cation capable of transporting PNAs across the lipid bilayer
[28, 29], bound via a disulfide bridge, to a mercaptoethoxy-
carbonyl moiety connected to the PNA. Intracellularly, the
reduction of the disulfide bond leads to a spontaneous
decomposition that releases the PNAs (Figure 4(b)) [30].
The cyclic PNAs exhibited potent anti HIV-1 activity in
comparison to other derivatives, confirming the therapeutic
potency of these conjugates.

2. Material and Methods

2.1. General Methods. Reagents and solvents were obtained
from commercial sources and used without further purifi-
cation unless indicated. Analytical HPLC chromatograms
were obtained using an HP1100 UV detector set at 260 nm
and a Beckman Ultrasphere RP-C18 (5 μm) column at 55◦C.

Purifications using semipreparative HPLC were done on the
same instrument using a Phenomenex Jupiter column RP-
C18 (5 μm). Elution solvent A was water (0.1% TFA); elution
solvent B was acetonitrile (0.1% TFA). ESI mass spectra were
recorded with a Bruker Esquire 3000 plus. Concentrations
of cyclic PNAs, hairpin PNAs, and TPP conjugates were
determined by UV spectroscopy, using the usual extinction
coefficients [31]. The mini-TAR RNA fragment used for
thermal denaturation studies was purchased at Dharmacon
Inc. (Lafayette, USA). Thermal denaturations of mini-
TAR/PNAs complexes were carried out on a Varian Cary 300
Scan spectrophotometer.

2.2. Chemistry

2.2.1. Synthesis of Cyclic PNA 3 and Hairpin PNAs 4–6.
These PNAs were synthesized in Merrifield vessels on MBHA
resin (100–200 mesh, 0.63 mmol/g, Merck Schuchardt OHG,
Hohenbrunn, Germany), on a 100-μmol scale. Elonga-
tion was carried out starting from Boc/Z protected PNA
monomers, using HBTU as the coupling reagent, and NMP
as solvent. Compound 3 was synthesized as previously
described for cyclic PNAs 1a–c and 2 [23]. The lysine residue
at the 5′-end of hairpin PNAs 4–6 was introduced after
elongation, by means of Boc-Lys(2-Cl-Z)-OH and HBTU as
the activator. Acetylation of the lysine residue was performed
after Boc deprotection (TFA/TIS 10%, 4 mL for 15 min),
using an Ac2O/pyridine/NMP 1/1/8 v/v/v solution (2× 4 mL
for 15 min). Compounds 4–6 were deprotected and cleaved
from the resin using a TFMSA/TFA/TIS solution (1 : 8 : 1) for
4 h, then precipitated in cold anhydrous diethyl ether. Crude
products were isolated by centrifugation (3,000 min−1,
−4◦C), washed twice with diethyl ether (10 mL), and purified
by semipreparative HPLC using the following method: 55◦C,
A/B 100/0 for 7 min, then from 100/0 to 50/50 for 45 min,
with a flow rate of 2 mL/min.

2.2.2. c(Lys-TCCCAG-Gln)n = 4 (PNA 3). HPLC (A/B 100/0
for 7 min, then from 100/0 at 50/50 for 45 min): tR =
17.5 min; MS (ESI, positive mode): (calculated for C79H108

N38O22 : 1941.9) m/z = 1943.3 (M+H)+, 971.9 (M+2H)2+/2,
648.5 (M+3H)3+/3.

2.2.3. Ac-Lys-CGGTCCCAGACG-NH2 (PNA 4). HPLC (A/B
100/0 for 7 min, then from 100/0 at 50/50 for 45 min):
tR = 21.3 min; MS (ESI, positive mode): (calculated for C136

H175N73O37 : 3424.41) m/z = 1713.4 (M+2H)2+/2, 1142.9
(M+3H)3+/3, 857.5 (M+4H)4+/4, 686.5 (M+5H)5+/5.

2.2.4. Ac-Lys-CGCGGTCCCAGACGCG-NH2 (PNA 5). HP-
LC (A/B 100/0 for 7 min, then from 100/0 at 50/50 for
45 min): tR = 23.5 min; MS (ESI, positive mode): (calcu-
lated for C178H227N97O49 : 4508.83), m/z = 2255.5 (M+
2H)2+/2 1504.4 (M+3H)3+/3, 1128.7 (M+4H)4+/4, 903.3
(M+5H)5+/5, 753.2 (M+6H)6+/6.

2.2.5. Ac-Lys-CGTCCCAGCG-NH2 (PNA 6). HPLC (A/B
100/0 for 7 min, then from 100/0 at 50/50 for 45 min):
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indicate complementarity between aptamer and TAR loops. The crucial G and A residues flanking the R06 aptamers loop are in italics.
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tR = 19.9 min; MS (ESI, positive mode): (calculated for
C113H148N60O32 : 2858.8), m/z = 1430.7 (M+2H)2+/2, 953.5
(M+3H)3+/3, 715.5 (M+4H)4+/4.

2.2.6. Synthesis of TPP-[PNA] Conjugates. An NMP solution
containing TEA (10 eq.), NaN3 (4 eq.) and compound 7
(4 eq.) was added at 0◦C to pure PNAs 1a–c, 2–6 (1 eq.)
dissolved in a NMP/DMSO 1/1 v/v solution to obtain a 5 mM
final concentration. The mixture was stirred for 30 min at
0◦C, then for 12 h at room temperature. Cold diethyl ether
(10-fold volume) was added to the mixture. Crude products
were isolated by centrifugation (3,000 min−1, −4◦C) and
washed twice with diethyl ether (10-fold volume). These
products were further purified by a semipreparative HPLC
method: A/B 100/0 for 7 min, then from 100/0 to 20/80 for
45 min, at 55◦C, with a flow rate of 2 mL/min, to give, after
lyophilization, TPP-[PNAs 1a–c, 2–6].

2.2.7. TPP-[PNA 1a]. HPLC (1 mL/min, A/B 100/0 for
7 min, then from 100/0 to 20/80 in 45 min): tR = 21.6 min;
MS (ESI, positive mode): (calculated for C126H159N51O29

PS+
2 : 2946.17) m/z = 1473.4 (M+H)2+/2 982.4 (M+2H)3+/3,

736.9 (M+3H)4+/4, 589.7 (M+4H)5+/5.

2.2.8. TPP-[PNA 1b]. HPLC (1 mL/min, A/B 100/0 for
7 min, then from 100/0 to 20/80 in 45 min): tR = 23.8 min;
MS (ESI, positive mode): (calculated for C127H161N51O29

PS+
2 : 2960.19) m/z = 988.0 (M+2H)3+/3, 741.3 (M+3H)4+/4.

2.2.9. TPP-[PNA 1c]. HPLC (1 mL/min, A/B 100/0 for 7 min,
then from 100/0 to 20/80 in 45 min): tR = 22.4 min;
MS (ESI, positive mode): (calculated for C128H163N51O29

PS+
2 : 2974.21) m/z = 992.6 (M+2H)3+/3, 744.7 (M+3H)4+/4,

596.1 (M+4H)5+/5.

2.2.10. TPP-[PNA 2]. HPLC (1 mL/min, A/B from 100/0 to
20/80 in 30 min): tR = 13.2 min; MS (ESI, positive mode):
(calculated for C127H160N54O28PS+

2 : 2985.20) m/z = 1505.4
(M+Na)2+/2.

2.2.11. TPP-[PNA 3]. HPLC (1 mL/min, A/B from 100/0 to
20/80 in 30 min): tR = 12.4 min; MS (ESI, positive mode):
(calculated for C104H134N38O24PS+

2 : 2395.52) m/z = 1209.23
(M+Na)2+/2.

2.2.12. TPP-[PNA 4]. HPLC (1 mL/min, A/B from 100/0 to
20/80 in 30 min): tR = 12.7 min; MS (ESI, positive mode):
(calculated for C161H202N73O39PS+

2 : 3878.52), m/z = 1939.5
(M+H)2+/2, 1293.6 (M+2H)3+/3, 970.9 (M+3H)4+/4.

2.2.13. TPP-[PNA 5]. HPLC (1 mL/min, from A/B 100/0 to
20/80 in 30 min): tR = 12.8 min; MS (ESI, positive mode):
(calculated for C202H253N98O51PS+

2 : 4962.95) m/z = 1654.3
(M+2H)3+/3, 1241.5 (M+3H)4+/4, 994.0 (M+4H)5+/5.

2.2.14. TPP-[PNA 6]. HPLC (1 mL/min, from A/B 100/0 to
20/80 in 30 min): tR = 12.8 min; MS (ESI, positive mode):

(calculated for C138H174N60O34PS+
2 : 3312.32) m/z = 1656.1

(M+H)2+/2, 1105.2 (M+2H)3+/3.

2.3. Thermal Denaturation Studies. One nmol of mini-
TAR was solubilized in 250 μL (4 μM concentration) of R
buffer solution at pH 7.3, that buffer containing cacody-
late (20 mM), NaCl (20 mM), KCl (140 mM), and MgCl2
(0.3 mM). The solution was heated at 90◦C for 2 min, imme-
diately cooled at 4◦C, and maintained at this temperature
for 10 min, then kept at 20◦C. For preparing hairpin PNAs
4–6, a solution of each compound in R buffer (4 μM) was
heated for 3 min at 95◦C, then cooled to 20◦C with a rate
of 0.5◦C/min [31]. Individual compounds 3, 4–6 and mini-
TAR in R buffer (2 μM final concentration of each) were
mixed, then incubated at 5◦C for 1 h. Thermal denaturation
was generated by increasing the temperature from 5◦C,
to 90◦C at 0.4◦C/min, then followed by UV absorption
(260 nm). Melting temperatures (Tm) were determined as the
maximum of the first derivative of the melting curves.

2.4. Transfection and Production of HIV-1 Virions. For
production of highly infectious pseudotyped HIV-1 virions,
293T cells grown in complete Dulbecco’s modified Eagle’s
medium (DMEM) were cotransfected with pHIV-1JR-CSF-
lucenv(−) and pVSV-G, using a calcium phosphate trans-
fection system (Invitrogen Carlsbad, CA, USA) [32, 33].
The culture supernatant was saved at 24, 48, and 72 h after
transfection, then pooled and analyzed for p24 antigen using
the ELISA p24 antigen kit (ZeptomMetrix, Buffalo, NY,
USA). The pseudotyped HIV-1 virions were then isolated
from the culture supernatant by filtration through a 0.45 μm
pore size PVDF membrane (Millipore Bedford, MA, USA)
and then by ultracentrifugation at 70,000 g for 45 min. The
viral pellet was resuspended in complete Dulbecco’s medium
and stored at −80◦C.

2.5. Anti-HIV-1 Activity in CEM Cells. CEM CD4+ lym-
phocytes 12D7 were grown in RPMI-1640 medium supple-
mented with 10% fetal calf serum and 4 mM L-glutamine
at 37◦C in 5% CO2 containing humidified air [34]. Early-
to mid-log-phase cells were harvested and washed with an
equal volume of PBS without Ca2+ and Mg2+. Approximately
106 cells suspended in 250 μL of RPMI-1640 medium were
incubated with pseudovirions (equivalent to 25 ng of p24)
by gentle rocking for 2 h in the presence of polybrene
(10 μg/mL). The infected cells were washed with PBS and
resuspended in 1 mL of complete RPMI medium in a 24-
well plate containing increasing amounts of individual TPP-
[PNAs 1a–c, 2–6] (0.5 μM–5 μM). After 48 h, the cells were
harvested, washed with PBS, and lysed in 1× passive lysis
buffer (Promega) with gentle shaking on a rocker for 15 min
at room temperature. The lysed cells were centrifuged at
15,000 rpm for 15 min and an aliquot of the clear lysate was
added to 100 μL luciferase assay reporter (Promega) in 96-
well plate Fluotrac 200 (Greiner Labortechnik, Germany).
The luciferase activity was measured on a Packard Top
Count Luminometer. The total light unit was normalized
by total protein content in the cell lysate. Total protein
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was quantified using the DC protein assay kit (Bio-Rad
Laboratories, Hercules, CA, USA). Median dose effects (IC50)
for individual TPP-[PNAs 1a–c, 2–6] were determined using
CalcuSyn software (Biosoft, Cambridge, UK) [35, 36].

3. Results and Discussion

Previously, we have shown that cyclic PNAs 1a–c tightly bind
to TAR (Figure 2(c)), with a higher affinity than that of a R06
aptamer (R0618, Figure 1) and that they were highly specific
for TAR despite the limited number of bases constituting
them, since the introduction of a single mismatch in the
PNA sequence was strongly deleterious for TAR binding.
Indeed, compound 2 (Figure 2(b)), in which the C4 residue
was replaced by an A4 residue, showed no affinity for TAR
[23]. The first goal of the present study was to assess whether
these PNA structures, which are cyclized in a covalent way,
are more advantageous for targeting the TAR loop than
hairpin structures in which the loop is not covalently closed.
Although PNAs are among the best nucleic acid mimics, no
PNA analogue of R06 aptamers has been reported so far.
Thus, we have prepared hairpin PNAs (compounds 4 and
5, Figure 3) containing the same octameric PNA sequence
than in cyclic PNAs 1a–c, closed by two and four G-C pairs,
respectively, and measured their affinity for TAR. The second
goal of this study was to determine whether, as for R06
aptamer derivatives, the G and A PNA residues flanking the
loop sequence are necessary for the establishment of stable
loop-loop complexes. For this purpose, we synthesized the
G- and A-deleted cyclic PNA 3 and hairpin PNA 6 (Figure 3),
and studied their interaction with TAR. Finally, in order to
evaluate the ability of both cyclic (1a–c and 2-3) and hairpin
(4–6) PNAs to inhibit HIV replication in infected cells, we
conjugated them to a cell-penetrating vector, via their lysine
residue (Figure 4(a)). The vector chosen in this study is
an intracytoplasmic biodegradable triphenylphosphonium
(TPP)-based moiety, which was shown to allow the uptake
and release of a “naked” PNA into cytoplasm (i.e., without
any residual TPP moiety attached to PNAs, Figure 4(b)) [30].
For antiviral activity studies, a previously described TPP
conjugate of a 16-mer PNATAR targeting the apical stem-
loop of TAR was taken as a reference compound (Figure 4(c))
[30].

3.1. Chemistry. The synthesis of compounds 1a–c and 2
was previously reported [23]. Cyclic PNA 3 was prepared
following a solid-phase strategy via on-resin cyclization,
using a glutamic acid-anchored MBHA resin, as for cyclic
PNAs 1a–c and 2. Hairpin PNAs 4–6 were synthesized on a
MBHA resin, using standard procedures. Briefly, the elonga-
tion was performed using Boc/Z-protected PNA monomers
and HBTU as coupling reagent. The lysine residue at the
5′-end was introduced after elongation by means of Boc-
Lys(2-Cl-Z)-OH and HBTU. After Boc cleavage under acidic
conditions (TFA/TIS 10%), the α-amino group of the lysine
residue was acetylated using an Ac2O/pyridine/NMP solu-
tion. Hairpin PNAs 4–6 were obtained after deprotection and
cleavage from the resin using a TFMSA/TFA/TIS solution
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Figure 5: First derivative plot of melting curves followed by UV
spectroscopy for hairpin PNA 4 alone (dashed line), TAR RNA
alone (dotted line) and of hairpin PNA 4/TAR complex (plain line).

and purification by semipreparative HPLC. Their structures
were confirmed by ESI-MS experiments (see experimental
protocols in Supplementry Material available online at
doi:10.1155/2012/591025).

The TPP-conjugates of cyclic and hairpin PNAs were
obtained in almost quantitative yields from their corre-
sponding cyclic 1a–c, 2-3 and hairpin 4–6 precursors,
in one step, using an excess of the key para-nitrophenyl
carbonate reagent 7 in the presence of sodium azide, as
previously described [28]. The TPP-conjugates were purified
by semipreparative HPLC, with an RP-C18 column and
water (0.1% TFA) and acetonitrile (0.1% TFA) as the
elution solvents. Their structures were confirmed by ESI-MS
experiments in which the corresponding spectra displayed
characteristic (M+nH)(n+1)+/(n+1) peaks (n = 1 to 5) (see
experimental protocols in Supplementry Material).

3.2. Thermal Denaturation Study. The affinity of compounds
3–6 for the mini-TAR RNA fragment was evaluated by ther-
mal denaturation monitored by UV absorption spectroscopy
(λmax = 260 nm) in R buffer, as previously reported for
cyclic PNAs 1a–c and 2 and R0618 aptamer [23]. Melting
temperatures (Tm) of the TAR/cyclic PNA 3 and TAR/hairpin
PNAs(4–6) complexes are summarized in Table 1, together
with the melting temperatures of hairpin PNAs 4–6 alone
(i.e., without TAR).

Thermal denaturation studies of hairpin PNAs 4 and 5
alone exhibited a single transition at, respectively, 73.0◦C
and 84.0◦C (Table 1), independently of PNA concentration,
indicating that they fold to form highly stable hairpins
[31]. The difference between their Tm values (ΔTm = 11◦C)
reflects the higher stability of the double strand in PNA
5 than in PNA 4, due to the presence of two additional
canonical CG pairs in PNA 5 relative to PNA 4. The melting
profiles obtained with mixtures of mini-TAR and hairpin
PNAs 4 or 5 displayed two transitions (e.g., see Figure 5).
The highest one forms a broad peak, resulting from the
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Table 1: Melting temperatures (Tm
◦C) of Mini-TAR/PNA com-

plexes and of hairpin PNAs alone.

PNA Mini-TAR/PNA complex
Tm (◦C)

Hairpin PNA alone Tm(◦C)

3 <10 —

4 45.1 ± 0.6 73.0 ± 0.3

5 52.4 ± 0.2 84.0 ± 0.5

6 38.4 ± 0.3 29.8 ± 0.6

Experiments were performed in R buffer (pH 7.3) containing cacodylate
(20 mM), NaCl (20 mM), KCl (140 mM), and MgCl2 (0.3 mM). Individual
PNAs and mini-TAR (2 μM final concentration of each) were gently mixed
and incubated at 5◦C for 1 h. Thermal denaturation was achieved by
increasing the temperature from 5◦C to 90◦C at the linear gradient of
0.4◦C/min. The changes in UV absorption at 260 nm were monitored.
Melting temperatures (Tm) were determined as the maximum of the first
derivative of the melting curves.

overlapping of the two melting transitions concerning mini-
TAR (Tm = 69.5◦C) and hairpin PNAs 4 or 5. The transition
at the lowest temperature corresponds to the melting of the
TAR/PNA 4 or 5 complex (45.1◦C and 52.4◦C, resp.). These
values are significantly higher than those obtained with cyclic
PNAs 1a–c(ΔTm ≥ +2 and ≥ 10◦C, resp.), emphasizing the
higher stability of the complexes formed with hairpin PNA
4 and 5 over cyclic PNAs. Nevertheless, both TAR/hairpin

PNAs and TAR/cyclic PNAs complexes are more stable than
TAR/RNA R0618 complex (Tm = 36.5◦C) and than most of
TAR/R0624 analogues ones, analyzed in the same conditions
(for NP-DNA [11], 2′-OMe RNA [13] and HNA/RNA [15]
R0624 derivatives: (Tm ≈ 30◦C; for the best LNA/DNA R0624

derivative: (Tm > 40◦C [16]).

Concerning the 5′-G and 3′-A deleted cyclic PNA 3, the
thermal denaturation study clearly demonstrates that it does
not bind to TAR, highlighting the importance of the G and
A flanking residues for the formation of a stable complex
between TAR and cyclic PNAs. Conversely, the 5′-G and 3′-A
deleted hairpin PNA 6 is able to smoothly interact with TAR.
However, the melting temperature of the corresponding
complex (38.4◦C) is higher than the melting temperature of
the hairpin PNA 6 itself (29.8◦C). Thus, it is likely that the
formation of the complex with TAR occurs, at least in part,
on the unfolded form of 6.

It has been earlier shown for TAR/TAR RNA aptamer
complexes that the presence of G and A loop closing residues
is a key structural determinant conferring a high stability
both to the RNA aptamer alone and the TAR/RNA aptamer
complex. Substituting the GA pair by the AU one (or GC,
CA. . .) decreases the Tm of both the RNA aptamer and the
TAR/RNA aptamer complex by 17◦C and 14◦, respectively
[9]. Comparing PNA 5 and 6 shows that the presence of
the GA pair also leads to a drastic increase in the stability
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of both the PNA hairpin alone and the TAR/PNA complex
(ΔTm of 54◦ and 14◦C, resp.). NMR [8] and molecular
dynamics studies [9] have shown that the presence of these
two residues increases the stability of both the aptamer
and the kissing complex by increasing the stacking at the
stem-loop junctions, via the stabilization of two hydrogen-
bond base pairs located at these stem-loop junctions of
the kissing complex: the intramolecular G-A pair itself, via
hydrogen bonding of N1-N1 carbonyl-amino type, and the
intermolecular A-U pair, via the classical Watson-Cricks
network. By contrast, when the loop of the aptamer is closed
by the classical AU pair, the very high tension in the loop
causes the opening of both this AU intramolecular pair and
of the intermolecular AU one, leading to a less stable kissing
complex. It is possible that such events also occur in the case
of PNA 4–6 hairpins and corresponding TAR complexes but
for the moment, no proof supports this hypothesis.

It is also possible that larger loop size of PNA 4/5 with a
nonhydrogen bonding GA pair may offer greater stability to
stem region as compared to small loop size of PNA 6 with
a hydrogen-bonding GT pair closing the loop. The smaller
loop size may cause strain on the stability of the stem region.

3.3. HIV-1 Inhibition in Cell Culture by Anti-TAR PNA. In
order to evaluate the in vitro antiviral efficacy, we incubated
CEM CD4+ lymphocytes, infected with highly infectious
VSV-G pseudotyped HIV-1 virions expressing the firefly
luciferase reporter gene [30], with varying concentrations
of individual TPP-[PNA 1a–c, 2–6]. Similar experiments
were carried out with unconjugated PNAs 1a–c and 4–
6. The TPP-conjugate of a 16-mer antisense [PNA]TAR

targeting the apical stem-loop of TAR was taken as a
reference compound [30] (Figure 4(c)). We have previously
showed that this compound inhibited HIV replication in
infected cells at a micromolar concentration. To measure
the effect of TPP-PNA conjugates on HIV-1 production
in CEM cells, we monitored the expression of the firefly
luciferase reporter gene, cloned instead of the nef gene
in the HIV-1 virions. After 48 h incubation followed by
cells lysis, the extracts were normalized for total protein
content and analyzed for quantitative levels of luciferase
expression. An arbitrary value of 100 was assigned to the
luciferase activity obtained in infected cells in the absence
of compounds; values relative to this control value were
given to the other samples. Median dose effects (IC50) for
individual compoundwere then determined using CalcuSyn
software (Figure 6). As expected, no antiviral activity was
detected for the unconjugated PNAs 1a–c and 4–6, probably
as a consequence of their poor cellular permeation (data not
shown). Median dose effects (IC50) obtained for individual
TPP-[PNA 1a–c, 2–6] are summarized in Table 2.

In all cases, except TPP-conjugates of PNAs 2 and 3,
a substantial decrease in HIV-1 replication was observed
as the concentration of TPP-conjugate was increased, the
IC50 values ranging from 1.24 to 3.70 μM (Table 2). The
micromolar inhibitory effects measured for TPP conjugates
of cyclic PNAs 1a–c are very encouraging, because they are
similar to those obtained with the heavier TPP-conjugate of

Table 2: IC50 values for TPP-[PNA] conjugates.

TPP-[PNA] conjugates IC50 (μM) ra mb

TPP-[PNA 1a] 1.63 0.983 1.15

TPP-[PNA 1b] 1.24 0.953 1.23

TPP-[PNA 1c] 1.94 0.985 1.99

TPP-[PNA 2] —c — —

TPP-[PNA 3] —c — —

TPP-[PNA 4] 3.30 0.943 2.65

TPP-[PNA 5] 2.10 0.974 1.39

TPP-[PNA 6] 3.70 0.990 1.18

TPP-[PNA]TAR
d 1.00 0.970 —

a
Represents linear correlation coefficient of the median effect plot.

bRepresents measurements of the sigmoidicity of the dose-effect curve.
cNo inhibition up to 50 μM.
dObtained from [28].

the antisense 16-mer [PNA]TAR (Figure 4(c)). As previously
noticed for the complexes stability (Tm from to 41◦C to
43.4◦C, Table 1), the length of the linker closing cyclic PNAs
1a–c (n = 3, 4, 5, Figure 2(b)) has little influence on
the antiviral activity of their TPP conjugates (IC50 from
1.24 to 1.94 μM). In addition, it appears that the antiviral
activity of TPP-[PNA 1a–c] conjugates is specific. Indeed,
TPP-[PNA 2] and TPP-[PNA 3], which, respectively, derive
from the mismatched cyclic PNA 2 and from the GA-deleted
cyclic PNA 3, have no effect on viral replication. These
results, together with the fact that no interaction between
mini-TAR and these two cyclic PNAs was detected, tend to
further demonstrate that the inhibition of HIV replication
by TPP-[PNAs 1a–c] is related to the formation of cyclic
PNAs 1a–c/TAR complexes and thus, to the inhibition of the
Tat/TAR/cellular factors complex formation.

Concerning TPP-hairpin PNAs (4–6) conjugates, it can
be noted that the antiviral activity increases with the stability
of the TAR/hairpin PNAs complexes [(TPP-[PNA 6] Tm =
38.4◦C, IC50 = 3.70 μM < TPP-[PNA 4] (Tm = 45.1◦C, IC50

= 3.30 μM < TPP-[PNA 5] Tm = 52.4◦C, IC50 = 2.10 μM).]
However, the complexes stability is not the only factor that
explains biological activity, since cyclic PNAs 1a–c conjugates
(Tm values from 41◦C to 43.4◦C) are more effective for the
inhibition of HIV replication in cells (IC50 1.24–1.94 μM)
than the corresponding hairpin PNAs 4-5 conjugates.

Altogether, these results emphasize the advantage of
cyclic PNA structures over hairpin ones for inhibiting HIV-1,
through the targeting of the TAR RNA loop.

4. Conclusion

We demonstrated that the small cyclic PNAs targeting
the HIV-1 TAR RNA loop inhibit viral replication when
conjugated to a cell penetrating vector, as efficiently as do
higher molecular weight compounds, such as hairpin PNAs
or an anti-TAR 16-mer PNA antisense targeting both the
stem and loop of TAR. Furthermore, despite their short
PNA sequence, they are highly specific for their RNA target,
since the introduction of a single mismatch in the PNA
sequence is detrimental both for TAR binding and HIV
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inhibition. In addition, these results, combined with the high
PNA stability in biological media, indicate that such cyclic
compounds hold potential as new anti-HIV agents. On the
other hand, these results emphasize the advantage of using
small constrained cyclic structures over both linear antisense
oligonucleotides and hairpin ones for targeting biologically
relevant RNA hairpins.

Acknowledgments

This research was supported by grants from Agence Nation-
ale de Recherches sur le SIDA (ANRS) (to N. Patino) and
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Phage display technology is undoubtedly a powerful tool for affinity selection of target-specific peptide. Commercially available
premade phage libraries allow us to take screening in the easiest way. On the other hand, construction of a custom phage library
seems to be inaccessible, because several practical tips are absent in instructions. This paper focuses on what should be born in
mind for beginners using commercially available cloning kits (Ph.D. with type 3 vector and T7Select systems for M13 and T7
phage, respectively). In the M13 system, Pro or a basic amino acid (especially, Arg) should be avoided at the N-terminus of peptide
fused to gp3. In both systems, peptides containing odd number(s) of Cys should be designed with caution. Also, DNA sequencing
of a constructed library before biopanning is highly recommended for finding unexpected bias.

1. Introduction

Phage display technology was born in 1985 when George
Smith reported that foreign peptide could be displayed on
the surface of filamentous bacteriophage [3]. Today, the
phage display is a versatile tool for finding specific inter-
actions between randomized library peptides/proteins on
phage and target proteins, peptides, or other molecules. For
example, it is applicable for generation of therapeutic
peptides against cancer [4], microbe [5], novel functional
protein [6], or fully humanized monoclonal antibody [7].
The advantages of the phage display technology over other
selection methods are as follows. (1) Cost of a routine
is cheap. (2) Time required for selection/amplification is
fast. (3) Extreme care for handling, such as RNA isolation/
selection, is not necessary. The phage is a DNA-containing
virus that infects bacteria and makes many copies of the
library within a very short time [8].

A phage that specifically binds a target can be selected
from mixtures of billions of phages, propagated by in vivo

amplification, and then subjected to additional rounds of
affinity selection (Figure 1). This whole process is so-called
“biopanning” [9]. After multiple rounds of the biopanning,
enrichment of target-binding phage can be assessed by phage
titering and enzyme-linked immunosorbent assay (ELISA).
Finally, the peptide displayed on the phage can be analyzed
by DNA sequencing.

1.1. Categorization of Phage Display Systems. Based on vector
systems, the phage display systems can be categorized into
two classes. One is a true phage vector system. The phage
vector is often derived from genes encoding all phage
proteins [10]. The library is to be cloned as a fusion with
a component gene, which originally exists in the phage
genome. Alternatively, some libraries are to be inserted in
the same vector as an additional fusion gene encoding a
displaying peptide and a phage protein [11].

Another is a phagemid vector system. The phagemid is a
plasmid containing both a phage-derived replication origin
and a plasmid-derived one [12]. A phage containing the
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(a) (b)

(d) (c)

Figure 1: A typical procedure of the biopanning. (a) Incubation of phage library with an immobilized target. (b) Washing of unbound
phage. (c) Elution of target-bound phage. (d) Amplification of the eluted phage for subsequent rounds of the biopanning.

phagemid can be generated only when phage components are
secreted from bacterial host carrying a helper phage. In this
system, two types of phages could be theoretically produced
carrying either phagemid genome or helper-phage one.
Practically, a helper phage with defective replication origin
is used for the generation of phage proteins; production of
the helper phage itself will be suppressed. This system yields
a phage with the wild-type protein and library-fused one on
the same virion, encoded by the helper phage and phagemid
vector, respectively. Thus, numbers of the displaying peptides
per virion from the phagemid system are less than those from
the true vector system. This allows us to display not only
small peptides but also large proteins [13], which is beyond
the scope of this paper.

Among many different kinds of phages, M13 (filamen-
tous bacteriophage) and T7 (lytic one) are exclusively used
for the phage display. The M13 phage is composed of a
circular single-stranded DNA genome and thousands copies
of major capsid proteins (gp8) and capped by five copies of
gp3 + gp6 on one end and five copies of gp7 + gp9 on the
opposite (Figure 2). The most widely used M13 system is
type 3. In this system, the peptide library is fused to the N-
terminus of all five copies of the gp3. Other systems (e.g.,
type 33, type 8, etc.) are categorized by a peptide-displaying

protein on the M13 phage and numbers of peptides per
virion (Table 1) [14, 15].

The T7 phage is an icosahedral-shaped phage with a
capsid shell that is composed of 415 copies of gp10, linear
double-stranded DNA, and other proteins (Figure 2) [16].
The gp10 is made in two forms, gp10A (344 amino acids, aa)
and its frameshifting product, gp10B (397 aa) [17]. In the
T7 phage display systems, peptide library is always fused to
the C-terminus of the gp10B. Numbers of peptides per virion
and maximal size of the peptide are determined by the vector
system (Table 1) [18].

1.2. Using Premade Phage Libraries. For screening, using
a pre-made phage library is the most convenient way.
Three types of M13 phage libraries, consisting of random
linear/cyclic heptapeptides (Ph.D.-7/Ph.D.-C7C) and linear
dodecapeptides (Ph.D.-12), are commercially distributable
from New England Biolabs Inc. (NEB). In the C7C system,
the randomized peptide is flanked by a pair of Cys, which are
oxidized during the phage assembly to form an intramolecu-
lar disulfide bond. Several companies have constructed in-
house pre-made peptide libraries; they provide screening
services by using their phage libraries, instead of distributing
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Figure 2: Structures of (a) a filamentous M13 bacteriophage and (b) a lytic T7 bacteriophage.

Table 1: Features of various systems of M13 and T7 phages.

System Size limit Numbers of peptides per virion Presentation region

M13

3 Unknown 5
N-terminus to gp333

No limit <1
3 + 3

8 Short >2,700
N-terminus to gp888 Unknown <300

8 + 8 No limit 100–1000

8 + 8 Unknown C-terminus to gp8

6 + 6
No limit

<1
N-terminus to gp6

6 + 6 C-terminus to gp6

9 + 9 N-terminus to gp9

T7

T7Select1-1 1200aa
<1

C-terminus to gp10B
T7Select1-2 900aa

T7Select10-3 1200aa 5–15

T7Select415-1 50aa 415

Table 2: Consignment services of phage display with in-house libraries.

Company name Peptide design Peptide structure

Creative Biolabs X10, X16, or X20
∗1 linear

Dyax XaCXbCXc
∗1 cyclic

Bicycle Therapeutics XaCXbCXcCXd
∗2 cyclic with a non-natural linker

X stands for any randomized amino acid.
∗1The library was built by varying 19 aa at the randomized positions; the codon encoding Cys is excluded.
∗2Bicyclic peptide library was made via thioether linkages [1].

ones. The chemical structures and features of the libraries
are summarized in Table 2. Creative Biolabs Inc even accepts
a service contract from a commercial pre-made library
(e.g., Ph.D.-C7C system), a custom-constructed one in the
company, or a hand-made one.

1.3. Construction of Custom Phage Library. Because of the
limited kinds of resources, constructions of custom phage
libraries are often performed by using kits available from
NEB (Ph.D. Cloning System for M13 phage) or Merck
Millipore (T7Select Cloning Kit for T7 one) [8]. Although
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these instructions are well described, several practical tips are
missing in both of them, which may lead beginners to pitfalls
such as obtaining severe inherent bias of amino acid sequence
in the randomized region. This paper focuses on instant tips
for the construction of peptide libraries and affinity selection
by using the commercial resources.

2. Ph.D. Cloning System

Ph.D. cloning system is based on a type 3 vector of M13
phage encoding N-terminal library peptide fused to a minor
coat protein, gp3 [19]. Because gp3 plays a critical role for
phage infection and randomized peptides are fused in all
five copies of the gp3, infectivity of the M13 phage can be
significantly affected by a sequence of the displaying peptide.
Moreover, secretion of the M13 phage from E. coli closely
depends on charges, hydrophilicity, and folding states of the
displaying peptide [20, 21]. An amplification efficiency of the
individual M13 phage clone is determined by a combination
of the above infection and secretion rates. To avoid negative
effects on the infection/secretion, one should be aware of the
following in an insert DNA construction.

2.1. Signal Peptidase Cleavage. Positively charged basic
amino acids, Lys and Arg, near the signal peptidase cleavage
site inhibit the secretion of phages [22]; the cationic residue
blocks translocation across the inner membrane of E. coli
[23]. If the N-terminus of the displaying peptide should be
positively charged, Lys has to be evidently chosen; 6 out
of 99 arbitrarily chosen clones of the commercial 12 mer
library (Ph.D.-12) contained Lys at the terminus, whereas N-
terminal Arg was never found in the same 99 clones [24]. If
the N-terminal Arg is inevitable, using noncommercial prlA
suppressor strains such as ARI180 or ARI182 may help to
avoid the secY-dependent secretion problem [22].

Pro at the terminus is also cumbersome. When a Pro
is located next to the cleavage site, it inhibits the signal
peptidase cleavage [25, 26]. Only one N-terminal Pro out of
the 99 clones was found in the Ph.D.-12 library [24].

If it is necessary to encode a specific amino acid sequence
just after the signal peptidase cleavage site, prediction of
the position-specific cleavage is recommended to avoid risks
of inappropriate or insufficient cleavage. For example, an
Internet server, SignalP [27], instantly does this, and we
usually use 0.3 for the threshold D-cutoff value in the gram-
negative bacteria mode.

If one does not have any favorites of particular N-
terminal sequence just after the cleavage site, “Ala-Glu”
or simple “Ala” should be the first choice. There is an
overabundance of negatively charged amino acids (Glu and
Asp) at +1 and +2 and Ala at +1, in gram-negative signal
peptidase cleavage sites (Figure 3) [24].

2.2. Unpaired Cys in a Displaying Peptide. If one generates
a custom phage library displaying a disulfide-constrained
peptide, an insert DNA encoding even number(s) of Cys,
but not odd number(s), should be designed. This is because
an intramolecular disulfide (S-S) bond could be formed

Signal peptide

(MKKLLFAIPLVVPFYSHS) N-terminus of peptide-pIII fusion

Leader peptidase

Inappropriate : 

e.g,

Arg

Pro

Lys

Appropriate : Ala Glu

( )

+1 +2

+1 +2

Figure 3: Sequence preference of the N-terminus of a peptide-pIII
fusion in the M13 system.

between an unpaired Cys in a displaying peptide and an
intrinsic Cys in the gp3 [28]. Phage assembly, infection,
and/or secretion could be prevented by this unfavorable
disulfide bond [24, 29]. It has been stated that an almost
complete absence of odd number(s) of Cys was observed
in the displaying peptide [28, 30], which is also identical
to our experience. For example, when we sequenced 10
independent M13 phage clones encoding Cys-X7-Cys where
the X stands for any randomized amino acid, no Cys was
observed in the X7 region; only the designated Cys at both
ends seemed to form an intramolecular disulfide bond
(unpublished results). Given the difficulty, if one still tries to
generate a phage library containing odd number(s) of Cys,
M13 phages constructed by disulfide-free gp3 [1, 31] might
be useful without using the Ph.D. system.

3. T7Select Cloning System

Unlike the filamentous M13 system, T7 capsid shell dis-
playing peptide library is not involved in phage infection
and/or secretion. Indeed, it has been proven that libraries
of the T7 phages exhibit less sequence bias than those of
the M13 ones [29]. This is a great advantage for library
construction, because it is less necessary to pay attention
to the amino acid sequences described above. The T7
system is also good at displaying a rigid motif with a
hydrophobic domain, namely, Trp cage [32]. This peptide
motif was never displayed on the M13 system, presumably
because the hydrophobic domain was anchored to the
inner membrane of the E. coli prior to the phage assembly
[32].

3.1. Codon Usage. To the best of our knowledge, there is no
description of a relationship between codon usage and bias
against translation for the T7 system in E. coli; in the M13KE
system, it is reported that rare codons of E. coli seldom affect
the bias of peptide libraries [24]. To avoid potential risks that
minor codons could stress the translation system [33, 34],
we simply use major codons (Table 3) for a nonrandomized
region of a synthetic DNA insert.
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Table 3: Codon usage in E. coli K-12 strain.

Amino acid Codon Codon frequency (%)

Phe
UUU 1.97

UUC 1.50

Leu

UUA 1.52

UUG 1.19

CUU 1.19

CUC 1.05

CUA 0.53

CUG 4.69

Ile
AUU 3.05

AUC 1.82

AUA 0.37

Met AUG 2.48

Val

GUU 1.68

GUC 1.17

GUA 1.15

GUG 2.64

Ser

UCU 0.57

UCC 0.55

UCA 0.78

UCG 0.80

AGU 0.72

AGC 1.66

Pro

CCU 0.84

CCC 0.64

CCA 0.66

CCG 2.67

Thr

ACU 0.80

ACC 2.28

ACA 0.64

ACG 1.15

Ala

GCU 1.07

GCC 3.16

GCA 2.11

GCG 3.85

Tyr
UAU 1.68

UAC 1.46

His
CAU 1.58

CAC 1.31

Gln
CAA 1.21

CAG 2.77

Asn
AAU 2.19

AAC 2.44

Lys
AAA 3.32

AAG 1.21

Asp
GAU 3.79

GAC 2.05

Glu
GAA 4.37

GAG 1.84

Table 3: Continued.

Amino acid Codon Codon frequency (%)

Cys
UGU 0.59

UGC 0.80

Stop
UAA 0.18

UAG 0.00

UGA 0.10

Trp UGG 1.07

Arg

CGU 2.11

CGC 2.60

CGA 0.43

CGG 0.41

AGA 0.14

AGG 0.16

Gly

GGU 2.13

GGC 3.34

GGA 0.92

GGG 0.86

Codon frequency (%) is defined as the percent frequency of each codon
which matches in whole open-reading frame of the E. coli K-12 genome.
Minor codons (bold letters; below 0.5%) could be avoided for insert
DNA construction. This table was cited from codon usage database
(http://www.kazusa.or.jp/codon/) with some modifications.

3.2. Unpaired Cys in a Displaying Peptide. In our exper-
iment, when a T7Select415-1b vector was used for the
T7 packaging, the T7 phage failed to display a designated
unpaired Cys (unpublished results). In this case, the library
insert DNA was constructed using the genetic code of
(NNK)6-TGC-(NNK)6, which encodes X6-Cys-X6. DNA
sequencing of 8 independent phage clones revealed that
peptides were truncated by the appearance of a TAG stop
codon before the designated Cys that was supposed to be
translated (Figure 4(a)).

The capsid shell used for randomized peptide display is
composed of 415 copies of gp10 [35]. A structural study
of T7 procapsid shell suggested that the gp10 might play
an important role in the interaction between capsid shell
and scaffolding proteins [36]. The designated Cys in the
library peptide fused to the gp10 might form an intermolec-
ular disulfide bond with the same kind of unpaired Cys
in a neighboring library peptide. It also might form an
intramolecular one with an intrinsic Cys in the gp10. Too
many unpaired Cys may inhibit proper/efficient assembly of
the capsid shell proteins. Although we do not have direct
evidence for this hypothesis, Rosenberg et al. also speculated
that some peptide sequences might be unfavorable for the
T7Select415 system [18].

3.3. Paired Cys in a Displaying Peptide. Phages displaying
the cyclic peptide by an intramolecular disulfide bond tend
to exhibit higher target-binding ability, because their rigid
structures minimize conformational entropy loss associated
with the binding [37, 38]. Therefore, this kind of phage
library is dominantly used for screening on the basis of
not only M13 systems (e.g., Ph.D.-C7C library from NEB
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Library design:

Isolated clones: (stop)

(stop)
(stop)

(stop)
(stop)

(stop)
(stop)

(stop)

. . .

. . .

. . .

. . .

. . .

. . .

. . .

. . .

. . .

(a)

Library design:

Isolated clones: (7/12)
(1/12)
(1/12)
(1/12)
(1/12)
(1/12)

(b)

Figure 4: Unexpectedly isolated clones with high bias after library
constructions. Bold “X” indicates any amino acids. (a) Stop
codon appearance before the designated Cys. A combination of
T7Select 415 vector and E. coli BL21 strain was used for in vitro
packaging of the T7 phage, and individual clones were subjected
to DNA sequencing. (b) Enrichment of a specific sequence and a
mutation of the designated His (underlined). Randomly selected 12
individual clones of the M13 phage library were subjected to DNA
sequencing. Parentheses indicate numbers of obtained clones.

[37, 39]) but also T7 ones [40, 41]. Disulfide constrained
library of the T7 phage is most frequently constructed by
using T7Select10-3b [29, 42] or 415-1b vector [2, 43–45]
(Table 2).

For generation of the disulfide constrained (S-S) library
using the T7Select415 system, it is recommended in the
manual (Merck Millipore) to use E. coli Origami B or
Rosetta-gami B strains, which tends to enhance disulfide
bond formation in the cytoplasm. However, these strains
may not be required for the library constructions. By using
E. coli BLT5615 strain included in the T7 kit with the
T7Select10-3b [29] or 415-1b [2] vector, the constrained
library peptides were successfully displayed on the T7 phage,
and high-affinity cyclic peptides were obtained.

3.4. Features of the T7 System. One of the features of the T7
phage, which grows much faster than the M13 one, is that
it decreases the time for phage titering and amplification.
After infection, clear plaques of T7 phages will usually appear
within 2-3 hours on LB plate with no additives. Liquid
amplification of the T7 phage after affinity selection can also
be conducted within the same time.

It is also attractive for beginners that the T7 system does
not require any special instruments like an electroporator
for the library construction. Contrary to the kit instructions,
ultracentrifugation of the T7 phage with CsCl is not neces-
sary for all purification processes of ELISA assay and DNA
sequencing. General procedure using polyethylene glycol

(PEG)/NaCl with a conventional rotator is enough for the
T7 phage purification, in the same way as the M13 system.

The T7 system can be useful for direct recovery of the
highest-affinity phage with a very slow off-rate from a target-
linked solid support. It has been reported that a target-bound
lambda phage can be directly amplified by the addition of
E. coli in midlog phase [46]. In a similar way, a library
peptide displayed on the capsid shell does not interfere with
the infectivity of the T7 phage. Indeed, we have experienced
that a streptavidin-binding peptide containing the consensus
sequence (HPQ [47]) was successfully obtained by this direct
method (unpublished results). In the M13 system, phages
may also be eluted by the addition of the host bacterial cells;
however the elution of the highest-affinity binders may be
hindered.

A minor drawback of the T7 system is that it is relatively
expensive to construct a library with a high diversity. In a
typical case, six whole tubes of T7 packaging extracts in a
T7Select packaging kit (ca. $410) are required to obtain a
diversity of 4.1× 108 pfu [2].

3.5. Handling Precautions. It should be emphasized that in
vitro packaging has to be performed with extreme care. One
must keep a stringent condition of the temperature and
mixing. Only “fresh” T7 packaging extract will make a high
quality library; freezing and thawing of the extract will result
in apparent reduction of the packaging efficiency.

Diluted T7 phages with a buffer or water tend not to be
infective. It should be diluted with a buffer containing a pro-
tectant such as gelatin or a growth media such as TB or LB.

4. Importance of DNA Sequencing for Finding
Unfavorable Bias and False Positives at
an Early Stage of the Affinity Selection

After the electroporation for the Ph.D. system or the pack-
aging for the T7Select system, a qualitative assessment of the
phage library should be performed by DNA sequencing prior
to the biopanning. We always confirm it by a conventional
DNA sequencer with at least 10 independent phage clones.
For example, we obtained highly biased sequences when the
random library encodes constraints with a His6-tag (Ala-
Cys-X4-His6-X4-Cys) (unpublished results; Figure 4(b)). In
this case, a specific sequence was predominantly enriched
(7 out of 12 arbitrarily chosen clones). In addition, one of
the designated His at the 3rd position of the His6-tag was
mutated to Arg accompanied with a codon replacement from
CAC to CAT. Nature seems to exclude the constrained His-
tag in the M13 system, and such a library should not be used
for the biopanning.

4.1. Advantage of High-Throughput DNA Sequencing. A
next-generation sequencer (NGS) makes it possible to
sequence millions of inserts in parallel. If the NGS is
available, one million reads of the library clones would be
ideal for finding target-binding sequences even after first
round of the biopanning (Figure 5) [48]. If false positive
sequences such as target-unrelated (e.g., plastic or BSA)
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(a) A few cycles of biopanning (b) DNA amplification
and purification

(c) DNA sequencing by NGS

ATGC. . .

TGCT. . .

CGTA. . .

. . .

Figure 5: Phage display screening with next-generation sequencing. (a) Biopanning with one or two cycle(s). (b) Randomized region of
phage DNA is amplified with Polymerase Chain Reaction (PCR). The products are subjected to gel electrophoresis followed by further DNA
purification. (c) Purified DNA is analyzed by a next-generation sequencer.

Table 4: Comparison of the M13 and T7 phage in library construction and affinity selection.

M13 phage T7 Phage

Cost
Routinely cheap, requires Routinely expensive, no additional

electroporator and cuvettes instruments required

Site of library peptide N-terminus of gp3 C-terminus of gp10B

Library size (per μg DNA) ∼109 ∼108 [2]

Peptide sequence bias Highly biased Less biased

Time required for phage
tittering/amplification

Long Short

binders or propagation accelerating peptide (e.g., HAIYPRH
[49]) are predominantly enriched at an early stage, further
biopanning will be useless. These meaningless false-positive
sequences are well described and summarized in a recently
published review [50] and can be found easily with online
databases (SAROTUP [51], http://immunet.cn/sarotup/;
PepBank [52], http://pepbank.mgh.harvard.edu/). Once
candidate clones are selected after several rounds of biopan-
ning, the false-positive sequences should be excluded in the
same manner.

4.2. Precautions for Conventional DNA Sequencing. If the
DNA sequencing is performed by a conventional sequencer
but not by the NGS, one should be aware that the DNA
sequencing of 50 randomly chosen clones after first or second
rounds of the biopanning would be completely uninforma-
tive for finding target binders, because the population will be
lacking [48]; it should be performed at a later round.

5. Conclusions

We summarized merits and demerits of the M13 and T7
systems in Table 4. It seems the T7 system is easier to
handle for beginners, because there are several engineering

tolerances in it. Additionally, the T7 phage is stable to
detergents and denaturants, such as 1% sodium dodecyl
sulfate (SDS), urea (up to 4M), and guanidine-HCl (up
to 2M), for eliminating nonspecific binders during the
biopanning. Although the T7 phage is robust against not only
the chemicals but also an alkaline condition (pH 10), it is
fragile at acidic conditions below pH 4. If an elution from
target-linked solid support under the lower pH is necessary,
the M13 system should be the first choice.

In both systems, the DNA sequencing of a constructed
phage library before biopanning is highly recommended for
finding unexpected bias.
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Peptide nucleic acid (PNA) has become an extremely powerful tool in chemistry and biology. Although PNA recognizes single-
stranded nucleic acids with exceptionally high affinity and sequence selectivity, there is considerable ongoing effort to further
improve properties of PNA for both fundamental science and practical applications. The present paper discusses selected recent
studies that improve on cellular uptake and binding of PNA to double-stranded DNA and RNA. The focus is on chemical
modifications of PNA’s backbone and heterocyclic nucleobases. The paper selects representative recent studies and does not attempt
to provide comprehensive coverage of the broad and vibrant field of PNA modification.

1. Introduction

Peptide nucleic acid (PNA) is a DNA analogue that has the
entire sugar-phosphodiester backbone replaced by a pseu-
dopeptide linkage built of 2-aminoethylglycine residues
(Figure 1) [1]. PNA is highly stable chemically and, because
of the unnatural backbone, highly resistant to enzymatic
degradation, which makes it an excellent candidate for in
vivo applications as an oligonucleotide analogue. The neutral
pseudopeptide backbone eliminates electrostatic repulsion (a
factor that negatively affects oligonucleotide binding) and
PNA binds to DNA and RNA with excellent affinity. PNA
binds to double helical DNA via two competing binding
modes, triple helix (PNA : DNA, 1 : 1), and strand invasion,
where PNA displaces one of the DNA strands, typically fol-
lowed by a triplex formation (PNA : DNA, 2 : 1) [1]. PNA also
forms exceptionally strong and sequence-specific Watson-
Crick duplexes with single-stranded DNA and RNA [2].
Interestingly, the sequence specificity of duplexes involving
PNA is substantially higher than that of unmodified nucleic
acids. Because of these superior qualities, PNA has become a
powerful tool in chemical biology and biotechnology [3–5].
The main applications of PNA are as hybridization probes
and molecular diagnostics of high affinity and selectivity for

single-stranded DNA and RNA. PNA also holds a promise
of becoming a novel gene therapy agent for targeting specific
RNA molecules [3, 4].

Although PNA binds single-stranded DNA and RNA
with superior affinity and selectivity, there are other proper-
ties of PNA that can be further improved. Most importantly,
in vivo applications of unmodified PNA are hindered by
poor cellular uptake and endosomal entrapment [6]. Current
methods to enhance the cellular uptake of PNA, such as con-
jugation with cell penetrating peptides (CPP) [7, 8], are com-
plicated and require high PNA-peptide concentrations that
may cause off-target binding and toxicity in vivo. Another
problem is the limited sequence scope of double-stranded
nucleic acids that can be recognized by PNA. While PNA can
bind any sequence of single-stranded DNA and RNA with
high affinity and selectivity, recognition of double helical
DNA has been limited to polypurine tracts and binding to
double helical RNA has been little explored. The present
paper focuses on most recent developments in chemical
modification of PNA to enhance cellular uptake and recog-
nition of double helical nucleic acids. Several comprehensive
reviews have recently discussed modification of PNA back-
bone [9, 10] and nucleobases [11] in a broader context.
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Figure 1: Structures of DNA and PNA repeating units.

2. Conjugation of PNA with Cationic Peptides to
Improve the Cellular Uptake

Inefficient crossing of cellular membrane of mammalian cells
by unmodified PNA has been a major problem for practical
in vivo applications of PNA. Because of the neutral backbone,
PNA does not associate with delivery vehicles based on
cationic lipids. To use such standard oligonucleotide trans-
fectants as Lipofectamine, PNA needs to be hybridized
to complementary oligodeoxynucleotide (ODN) that aids
the electrostatic complexation with the positively charged
lipids [12]. Recently, a new approach to PNA delivery was
developed by Wooley, Taylor and coworkers [13] who used
cationic shell-cross-linked knedel-like nanoparticles (cSCKs)
to deliver either PNA-ODN hybrid or PNA covalently
attached to cSCKs nanoparticles through a biodegradable
disulfide linkage. cSCKs nanoparticles have a hydrophobic
core and a positively charged cross-linked shell. The latter
is highly functionalizable and mediates the cellular delivery
through, most likely, an endocytotic mechanism. An elegant
extension of this technology is reported in this special issue
by Taylor and coworkers [14].

Perhaps, the most popular approach to enhance cellular
delivery has been conjugation of PNA with cell penetrating
peptides that deliver the conjugate through the endocytosis
pathway [7, 8]. However, the low ability of PNA-CPP con-
jugates to escape from endosomes has been the bottleneck
of this approach. Various endosomolytic compounds have
been explored; unfortunately, most are too toxic for in
vivo applications [7]. Conjugates with arginine-rich peptides
have shown promising activity in HeLa cells in the absence
of endosomolytic agents [15]. However, even in the most
promising cases large amount of conjugates remained in
endosomes, leaving plenty of room for further improvement
[15]. The relatively high concentrations of PNA-CCP, which
are required for efficient delivery, may cause off-target bind-
ing and toxicity in vivo. Moreover, CPPs are relatively large
peptides, which complicate the preparation and use of PNA-
CPP conjugates. Recently, several groups have demonstrated
that relatively simple cationic modifications in PNA can
substantially improve their cellular uptake and produce effect
similar to that of longer and more complex CPPs.

The groups of Corey [16, 17] and Gait [15, 18, 19]
showed that conjugation of PNA with short oligolysine
(Figure 2, 1 and 2, resp.) enabled efficient delivery in fibrob-
last and various cancer cell lines (T47D, MCF-7, Huh7,
and HeLa). As few as four lysine residues achieved similar
efficiency as R6-Penetratin, a CPP previously optimized for
cellular delivery of PNA [15]. Using short oligolysine instead
of longer CPP significantly reduced the complexity and effort

required for PNA use in cell culture. Lysine conjugates have
also been used to deliver PNA in mice [20, 21]. Most recently,
Gait and coworkers showed that introduction of a terminal
Cys residue further increased the cellular uptake of Cys-
Lys-PNA-Lys3 conjugate [22]. While some studies showed
that conjugates built of the unnatural d-lysine were more
effective [17], presumably due to higher biostability, other
studies found little difference between the l and d series
[22]. In a similar study, Fabbri et al. [23] demonstrated that
PNA conjugated at the carboxyl terminus with octaarginine
was efficiently taken up in human leukemic K562 cells and
inhibited activity of the target microRNA-210.

Nielsen and coworkers have recently reported on conju-
gates of PNA with cationic ligands that showed improved
cellular delivery and activity [24, 25]. In one study, addition
of a lipid domain to the cationic peptides increased the
activity of PNA conjugate by two orders of magnitude
[24]. The lypophilic fatty acid contributed by promoting
both endosomal uptake and endosomal escape of PNA. In
another study, conjugation of PNA with polyethylenimine
showed significantly higher antisense activity than PNA-
octaarginine conjugates [25]. Polyethylenimine conjugates
had lower toxicity than PNA-octaarginine conjugates. The
polyethylenimine conjugate activity did not depend on the
presence of lysosomolytic agents, which suggested that these
conjugates are able to escape endosomes efficiently. These
studies suggest that chemical approaches can be used to tailor
cationic modifications that will improve cellular uptake and
avoid the problem of endosomal entrapment.

Conjugation of PNA with a lipophilic triphenylphos-
phonium cation has been shown to increase the cellular
delivery [26, 27]. In this special issue, Pandey, Patino and
coworkers [28] report on cyclic and hairpin PNAs conjugated
to the triphenylphosphonium cation via a disulfide linkage.
The conjugates inhibit HIV replication by targeting the
HIV-1 TAR RNA loop. Most recently, Shiraishi and Nielsen
[29] reported on cellular uptake and antisense activity of
PNA conjugated with cholesterol and cholic acid in HeLa
pLuc705 cells. Although the conjugates alone were inactive,
the delivery was dramatically improved by addition of
Lipofectamine leading to nanomolar antisense activity.

As the numerous recent studies reviewed above suggest,
design and optimization of CPP and other cationic ligands
for cellular delivery of PNA is still a vigorous and important
area of research. The focus has shifted to addressing endoso-
mal escape, improving the end point activity and potential in
vivo applications.

3. Cationic Backbone Modifications to
Improve the Cellular Uptake of PNA

An alternative approach to conjugation of PNA has been
direct modification of PNA’s backbone. Several groups have
explored cationic modifications of PNA [30–32]. Ly and
coworkers introduced guanidine groups at α- [31] and
γ-positions [32] of PNA’s backbone by custom synthesis
of monomers starting from diaminoethane and l or d
arginine instead of glycine (Figure 3, l series shown).
The α-guanidine-modified PNA (GPNA) derived from the
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unnatural d-arginine had higher affinity for complementary
DNA [33] and RNA [34]; good sequence selectivity was
maintained. GPNA was readily taken up by several cell lines
(HCT116, human ES, and HeLa), which was attributed to
the cationic guanidine modifications. GPNA was less toxic
to cells than a PNA-polyarginine conjugate and induced
potent antisense inhibition of E-cadherin in A549 cells [35].
Our laboratory recently studied the triple helix formation
between double helical RNA and α-GPNA. We found
that the α-guanidine modification decreased RNA binding
affinity and sequence selectivity of α-GPNA compared to
unmodified PNA [36].

The γ-guanidine-modified PNA had higher affinity for
complementary DNA and RNA than α-guanidine-modified

PNA, presumably due to favorable preorganization of the γ-
modified backbone into a right-handed helix [32]. In con-
trast to α-modified PNA, Englund and Appella found that
the S-isomer of γ-modified PNA (derived from the natural l-
lysine) had higher affinity for complementary DNA than the
R-isomer [30]. Most recently, Manicardi et al. [37] used both
α- and γ-modified GPNA 15-mers to inhibit microRNA-210
in K562 cells. Both isomers showed promising though not
complete inhibition with the PNAs having eight consecutive
γ-modification at the carboxyl terminus performing slightly
better than other modification patterns [37].

Mitra and Ganesh reported similar results on DNA
binding and cellular uptake of α- and γ-aminomethylene
PNA (am-PNA, Figure 3) [38, 39]. The aminomethylene
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Figure 4: Binding modes for recognition of double-stranded DNA: triple helix (a), strand-displacement triplex (b), and strand-displacement
duplex (c).

modification increased PNA binding to DNA, with γ-(S)am-
PNA being significantly better than α-(R)am-PNA, which, in
turn, was better than α-(S)am-PNA [39]. The cellular uptake
was enhanced by these modifications in roughly the same
order, with γ-(S)am-PNA giving the most promising results.

4. PNA Modifications to Expand the
Recognition of Double-stranded
Nucleic Acids

Recognition of single-stranded DNA and RNA following the
Watson-Crick base pairing rules is relatively straightforward.
Recognition of double-stranded nucleic acids is substantially
more challenging because the Watson-Crick faces of nucleo-
bases are already engaged in hydrogen bonding. PNA, as well
as other oligonucleotide analogues, can recognize double-
stranded nucleic acids by forming either a parallel triple helix
(Figure 4(a), the amino end of PNA aligned with the 5′ end
of DNA) or a strand-invasion complex, where PNA displaces
one of the DNA strands. The strand-invasion is typically a
competing mode for triplex (PNA : DNA, 1 : 1) and usually
results in a strand-displacement triplex (PNA : DNA, 2 : 1).
The PNA strand that is replacing the DNA strand aligns
antiparallel with the DNA strand (Figure 4(b), the carboxyl
end of PNA aligned with the 5′ end of DNA). Both binding
modes are limited to nucleic acid duplexes featuring
so-called polypurine tracts where one strand is built of
purines, while the other strand consists of pyrimidines. This
is because the standard Hoogsteen triplets (U∗A-U and
C+∗G-C) recognize only purine bases (Figure 5(a)).

The strand-displacement triplex approach (Figure 4(b))
typically uses PNA clamps that have the two PNA strands
connected by a short linker, which enhances the binding
affinity and favors strand invasion. To expand the reper-
toire of sequences that can be recognized by the triplex
forming part of PNA, Dahl and Nielsen designed 3-oxo-2,3-
dihydropyridazine nucleobase (E, Figure 5(b)) to recognize
thymidine in T-A base pairs of DNA [40]. This modification
substantially increased the thermal stability of a PNA clamp

targeting 10-nucleotide long DNA stretch that had two
thymidines interrupting the purine-rich strand [40]. Despite
the promising preliminary results, this modification has not
been widely applied either in strand-displacement triplex or
in triple helical approaches.

A PNA : DNA 1 : 1 strand-displacement duplex
(Figure 4(c)) would be a highly desired binding mode
because, in principle, any sequence of DNA could be
recognized without the need for the presence of a purine-rich
strand. However, this recognition mode is complicated by the
fact that duplex forming PNA does not have enough thermo-
dynamic advantage to displace a DNA stand from a duplex.
Ly and coworkers recently showed that γ-methylation
(Figure 6, 5) preorganized PNA into right-handed helix
and enhanced its ability to form strand-displacement
complex with mixed sequence DNA [41]. The properties
of invading γ-modified PNAs were further improved by
incorporation of G-clamp nucleobases [42] and replacement
of the methyl group with MiniPEG (Figure 6, 6) [43]. The
latter modification was critical to optimize water solubility
and minimize PNA aggregation and enabled PNA built of
monomers 6 invade essentially any sequence of double-
stranded DNA in a highly sequence-specific manner [43].

The triple helical recognition of double-stranded DNA
using PNA has received less attention than the strand-
displacement approaches. However, in a recent and compre-
hensive study Nielsen and coworkers showed that this is a
promising and perhaps underutilized approach [44]. Com-
pared to DNA, molecular recognition of double-stranded
RNA has been even less studied. This is perhaps because for
a long time RNA was believed to be only a passive messenger
in the transfer of genetic information from DNA to proteins.
However, since the discovery that RNA can catalyze chemical
reactions, the number and variety of noncoding RNAs and
the important roles they play in biology have been growing
steadily. While less than 2% of DNA encodes for functional
proteins, almost 70% is transcribed into RNA. Today, the
functional importance of most RNA transcripts is still
unknown and it is fairly safe to predict that we will discover
many more regulatory RNAs in the near future. The ability to
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selectively recognize, detect, and inhibit the function of such
RNAs will be highly useful for both fundamental biology and
practical applications in biotechnology and medicine.

Recently, our laboratory started studies on triple helical
recognition of double-stranded RNA using PNA [45, 46].
Before this effort, triple helices between RNA and PNA were
virtually unknown; there was only one study by Toulme
and coworkers that suggested that PNA may not be forming
stable triple helix with RNA [47]. In contrast, we found that
PNA formed a highly stable and sequence-selective triple
helix with double-stranded RNA [45]. Interestingly, the
RNA-PNA triplexes were at least an order of magnitude more
stable than the DNA-PNA triplexes suggesting that PNA may
be a significantly better ligand for the deep and narrow major
groove of RNA than for the wider major groove of DNA [45].
To expand the sequence scope of RNA that can be recognized,
we adopted monomer E for recognition of uridine in U-A
base pair and designed a novel monomer, 2-pyrimidone P
for recognition of cytidine in C-G base pair (Figure 5(b), 3
and 4, resp.) [46]. Our design of P was inspired by the work
of Leumann and coworkers [48, 49] who used 4-methyl-
2-pyrimidone as an oligonucleotide modification for triple
helical recognition of cytidine in C-G base pairs of DNA.
Heterocycle P had not been used in PNA before our study.
Incorporation of E and P in short PNA sequences allowed
recognition of nine-nucleotide long polypurine tracts of
double helical RNA containing single pyrimidine inversion.
The selectivity was good and affinity matched that of the
standard Hoogsteen triple helices (Figure 5(a)) [46]. Our
results also showed that the extended linkers connecting E
and P heterocycles to the PNA backbone were important
design elements that optimized the binding affinity [46].

5. Conclusions

Since invention of PNA, synthetic chemists have been exten-
sively modifying its structure [9–11]. Most of the work on
backbone modifications of PNA has attempted, with mixed
success, to improve the affinity and selectivity of Watson-
Crick recognition of DNA and RNA. Reviewed herein are
selected recent studies focused on improving cellular uptake
of PNA and developing novel modes of binding, such as
strand-invasion of mixed sequence double-stranded DNA
and triple helical recognition of RNA. The preliminary
results are very encouraging, and it is likely that more
improvements and new discoveries will be made in the near
future.
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Folded RNA molecules have recently emerged as critical regulatory elements in biological pathways, serving not just as carriers of
genetic information but also as key components in enzymatic assemblies. In particular, the transactivation response element (TAR)
of the HIV genome regulates transcriptional elongation by interacting specifically with the Tat protein, initiating the recruitment
of the elongation complex. Preventing this interaction from occurring in vivo halts HIV replication, thus making RNA-binding
molecules an intriguing pharmaceutical target. Using α-amino acids as starting materials, we have designed and synthesized a new
class of polyamino-amido oligomers, called PAAs, specifically for binding to folded RNA structures. The PAA monomers were
readily incorporated into a 125-member combinatorial library of PAA trimers. In order to rapidly assess RNA binding, a quantum
dot-based fluorescent screen was developed to visualize RNA binding on-resin. The binding affinities of hits were quantified using
a terbium footprinting assay, allowing us to identify a ligand (SFF) with low micromolar affinity (kd = 14μM) for TAR RNA. The
work presented herein represents the development of a flexible scaffold that can be easily synthesized, screened, and subsequently
modified to provide ligands specific for binding to folded RNAs.

1. Introduction

Elucidation of the role played by small RNA molecules in
the context of viral life cycles has led to the identification
of new drug targets that fall outside the realm of traditional
drug design [1]. In particular, the transactivation response
element (TAR) of HIV is critical in regulating transcriptional
elongation of the HIV genome [2]. TAR is a highly conserved
stem-loop RNA located at the 5′-end of viral transcripts.
For elongation to occur, the HIV transactivator protein
(Tat) must first bind to TAR [2, 3]. The ensuing Tat-TAR
complex is then responsible for recruitment of the positive
transcription elongation factor complex, pTEFb, resulting in
processive elongation [4]. The Tat-TAR complex is a partic-
ularly attractive drug target because it is highly conserved
and difficult for the virus to develop resistance, which is a
problem that hinders the effectiveness of conventional HIV
therapies [5].

The most effective strategies to inhibit Tat-TAR forma-
tion rely upon mimicking the binding region of the Tat
protein. Initial attempts to design TAR-binding molecules
focused on dissecting the Tat peptide and synthesizing
peptides corresponding to the highly basic, arginine rich
region of Tat that binds to the trinucleotide bulge of TAR [6].
The truncated Tat peptides are able to compete with Tat in
vitro for binding to TAR, however peptides are typically not
viable drug candidates due to low bioavailability and stability
[7]. Further studies have sought to mimic the Tat peptide
with nonnatural oligomers. For instance, a nonamer peptoid
was developed that had significant potency against the Tat-
TAR interaction [8, 9]. Alternatively, cyclic peptides, and
peptides comprised of D-amino acids had similar effects [10–
12]. All of these molecules share a common feature in that
they display highly cationic sidechains. We felt that the high
degree of cationic charge associated with these molecules
would lead to promiscuous RNA binders. Thus, we sought to
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create molecules that could retain similar binding properties
while minimizing cationic charge about the periphery of the
scaffold.

Initial results from our lab showed that highly func-
tionalized polyamines were able to serve as TAR-binding
molecules specific for the trinucleotide bulge [13]. Our
design strategy served to relegate cationic charge to the
interior of the polyamines to decrease nonspecific charge-
charge interactions, while projecting sidechains out from
the backbone to direct specificity. The first generation of
polyamines showed promising results, yielding a polyamine
that bound TAR specifically and with a KD of ∼6 μM
at the bulge. These polyamines, however, suffered from
an inefficient oligomer synthesis that was not possible to
develop into a combinatorial library. Due to the limited
structural information available on TAR-binding molecules,
we felt that expanding our strategy to allow for combinatorial
library synthesis and subsequent screening was more likely
to yield positive results. As such, we designed a new class of
molecules, polyamino-amido oligomers (PAAs), that could
be synthesized through modified solid phase peptide syn-
thesis. The design principle of these molecules is illustrated
in Figure 1. The secondary amines in the backbone, which
should be protonated at physiological pH, are spaced at
intervals corresponding to the spacing of the phosphate
groups of the RNA backbone in order to form ammonium-
phosphate salt bridges. From this general backbone scheme,
amino acid derived sidechains can be introduced to direct
binding specificity. While molecular modeling is often used
as a tool for drug discovery, we felt that diversity-oriented
approaches were more likely to yield positive results due to
the dynamic nature of TAR RNA and the limited rational-
based information available for design of small-molecule
RNA binders. Furthermore, we wanted to reduce the number
of highly exposed cationic charges that are prevalent in most
RNA-binding small molecules which convey high binding
affinity but also afford low specificity. In this paper, we
describe the synthesis of the monomeric building blocks for
PAAs as well as a parallel library synthesis. A quantum dot-
based screen was implemented for an on-bead screening of
the library for TAR binding. The binding affinity of hits was
quantified using RNA footprinting assays.

2. Materials and Methods

2.1. General Procedure A: Weinreb Amide Synthesis. An
Fmoc-protected amino acid (10 mmol) and DIEA (1.6 mL)
were dissolved in dry CH2Cl2(50 mL) and cooled to 0◦C.
EDC (2.4 g, 12 mmol) and HOBt (1.8 g, 12 mmol) were
added to the reaction. The reaction mixture was stirred
at 0◦C for 10 minutes to pre-activate the carboxylic acid.
After 10 minutes, N,O-dimethylhydroxylamine hydrochlo-
ride (1.2 g, 12 mmol) and DIEA (2.0 mL) were added to
the reaction mixture. The reaction was allowed to slowly
warm to room temperature and was stirred for a total of
16 hours. The reaction was then transferred to a separatory
funnel with CH2Cl2 (100 mL) and washed with 2 M HCl (3x,
50 mL), saturated aqueous NaHCO3(2x, 50 mL), and brine
(2x, 50 mL). The organic layer was dried over sodium sulfate
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Figure 1: Structural comparison between PAA and RNA showing
potential salt-bridges between ammonium groups in the PAA
and the phosphodiester backbone of the RNA (straight double-
headed arrows) and potential hydrophobic or hydrogen-bonding
interactions between the sidechains of the PAA (R) and the RNA
(curved double-headed arrow).

and solvent was removed under reduced pressure to yield
pure Weinreb amides as solid white foams.

2.2. General Procedure B: Reduction of Weinreb Amides to
α-Amino Aldehydes. Dry THF (50 mL) and Weinreb amide
(5 mmol) were added to an oven dried 250 mL round bottom
flask, placed under N2, and cooled to 0◦C in an ice bath.
Lithium aluminum hydride (250 mg, 6.25 mmol) was slowly
added to the solution over a period of approximately 30
seconds. The reaction was stirred vigorously at 0◦C for 60
minutes and then slowly quenched with a 1 M solution of
NaHSO4 (50 mL). The biphasic mixture continued to stir at
0◦C for 10 minutes at which point it was transferred to a
separatory funnel using EtOAc (50 mL) and brine (50 mL).
The aqueous layer was extracted with EtOAc (75 mL) and
the combined organic layers were washed with 1.5 M HCl
(2x, 50 mL), saturated aqueous NaHCO3 (2x, 50 mL), brine
(2x, 50 mL). The organic layer was dried over sodium sulfate
and concentrated under reduced pressure. The resulting
amino aldehydes were taken forward without additional
purification.

2.3. General Procedure C: Reductive Amination to Form
the PAA Backbone. An Fmoc-protected α-amino aldehyde
(4.5 mmol) was dissolved in dry CH2Cl2 (30 mL) at room
temperature. To the stirring solution was added a benzyl
protected amino acid hydrochloride (4.9 mmol) and DIEA
(0.85 mL). NaBH(OAc)3 (6.3 mmol) was immediately added
to the reaction mixture and stirred vigorously for 75 minutes.
The reaction was quenched with a mixture of saturated
aqueous K2CO3 (10 mL) and saturated aqueous NaHCO3

(30 mL) and allowed to stir for an additional 10 minutes.
The biphasic mixture was transferred to a separatory funnel
and extracted with CH2Cl2 (3x, 30 mL). The organic layers
were combined and dried over sodium sulfate, filtered, and
concentrated under reduced pressure. The crude product was
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purified using a biotage flash chromatography system (40+M
column, 60 : 40 Hexanes: EtOAc).

2.4. General Procedure D: Boc Protection of Secondary Amine
in the PAA Backbone. The PAA secondary amine backbone
(2.0 mmol) was dissolved in dry CH2Cl2 (40 mL) and stirred
at room temperature. To the solution was added di-tert-butyl
dicarbonate (0.9 g, 4 mmol) and DIEA (0.6 mL, 2 mmol).
The reaction was allowed to stir for 48 hours and was then
transferred to a separatory funnel with CH2Cl2(50 mL). The
reaction mixture was washed with 1 M HCl (2x, 50 mL),
saturated aqueous NaHCO3 (2x, 50 mL), and brine (2x,
50 mL). The organic layer was dried over sodium sulfate and
concentrated under reduced pressure. The crude product was
purified using a biotage flash chromatography system (40+M
column, 80 : 20 Hexanes: EtOAc).

2.5. General Procedure E: Hydrogenolysis of Benzyl Ester to
Yield PAA Monomers. A Parr flask was purged with N2 and
then charged with 10% palladium on carbon. The palladium
catalyst was wetted with a minimum amount of methanol
(∼5 mL) while under an N2 atmosphere. The PAA-monomer
ester (1.5 mmol) was dissolved in a minimal amount of
methanol (typically∼20 mL) and added to the Parr flask. The
flask was placed under an H2 atmosphere (40 psi) and shaken
on a Parr shaker for 2 hours. The reaction mixture was then
filtered through a bed of celite to remove the palladium
from the mixture. The resulting solution was concentrated
under reduced pressure to yield an off-white solid as the
crude product. The crude product was purified using a
biotage flash chromatography system (40+M column, 0%–
5% MeOH gradient in CH2Cl2).

2.6. Screen for TAR RNA-Binding to PAA Library Members.
Several beads from each well of the PAA library were
transferred to a 384-well filter plate, keeping their spatial
separation and orientation intact. The beads were first
washed with water (5x, 50 μL), then 1x TK buffer (50 mM
Tris, 20 mM KCl, 0.1% Triton X-100, pH 7.4; 4x–50 μL).
To each well, BSA (0.1 mg/mL) was added in 1x TK buffer
(20 μL) and agitated with mechanical shaking for 60 minutes
at room temperature. The microplate was drained under
vacuum and washed with 1x TK buffer (3x, 50 μL). Following
BSA blocking, bulge mutant TAR in 1x TK buffer (2.5 μM,
20 μL/well) was added to each individual well. The library
was incubated with bulge mutant TAR for 24 hours at 4◦C
before being drained under vacuum. Immediately following
solvent removal, a mixture of bulge mutant TAR (2.5 μM)
and 5′-biotin labeled TAR (Dharmacon, 250 nM) in 1x TK
buffer (20 μL/well) were introduced to the library. (Note:
RNA was snap-cooled by heating at 95◦C for 5 minutes
followed by an immediate transfer to dry ice for 5 minutes
to promote hairpin formation.) The library was incubated
with this solution for 2.5 days at 4◦C, drained, and washed
with water. To each well a solution of Qdot605 (50 nM,
15 μL/well) in 1x TK buffer was added and agitated at
room temperature for 3 hours. The solution was drained
and each well was washed with 1x TK (3x–50 μL), followed
by a 2 hour wash with 1x TK buffer and drainage under

vacuum. The library was then visualized using a fluorescent
microscope equipped with a triple bandpass filter. Beads that
appeared red or orange under the microscope were selected
for further characterization while those that were green were
disregarded.

3. Results and Discussion

3.1. Synthesis of Polyamines. Polyamine monomers were
synthesized starting from commercially available Fmoc-
protected amino acids utilizing a solution-phase reductive
amination strategy. Initially we sought to synthesize five
polyamine monomers starting from orthogonally protected
serine, tryptophan, tyrosine, 4-amino-phenylalanine, and
phenylalanine (Scheme 1). The monomers were selected
based on their likelihood to interact with folded RNA, thus
amino acids capable of π-stacking, hydrophobic interactions,
and hydrogen bonding were selected. We chose to exclude
certain high-affinity moieties, such as guanidinium groups,
due to their strongly cationic nature and tendency to
interact non-specifically. This choice aligns with our design
strategy, in which positive charge is sequestered to the
backbone to reduce non-specific charge-charge interactions
with the RNA backbone. The Fmoc-protected amino acid
was first converted to the Weinreb amide (1) in high
yield under EDC-mediated amide bond forming conditions.
Subsequently, 1 was reduced to the corresponding aldehyde
(2) using lithium aluminum hydride. The aldehyde product
was taken forward without additional purification to the
reductive amination step where 2 was condensed with the
hydrochloride salt of benzyl glycinate. After imine formation,
reduction with sodium triacetoxy borohydride provided
3. Following chromatographic purification, the secondary
amine was protected with a Boc group to afford the PAA
monomer ester. Hydrogenolysis of the benzyl ester yielded
the PAA monomer (5).

From these five monomers, a library of 125 PAA trimers
was synthesized in parallel on solid support. The synthesis
was designed to be compatible with the development of
an on-bead screen for RNA binding. In order to create a
library suitable for aqueous screening conditions, Tentagel-
NH2 resin was chosen as a synthetic platform due to its
unique ability to swell in both aqueous and organic solvents.
In addition, the library synthesis was performed in 96-
well filter plates to provide a physical separation between
distinct PAAs. The strategy outlined provided an accessible
synthetic platform that negated the need for molecular
deconvolution during the screening process. The synthesis
began by functionalizing the resin with an Fmoc-β-alanine
spacer. The spacer was deprotected and PAA trimers were
synthesized through HATU-mediated solid phase peptide
synthesis (see supplementary material available online at
doi:10.1155/2012/971581). Upon completion of the trimers,
a global deprotection of the backbone and sidechain protect-
ing groups afforded a 125-member library of resin-bound
PAA trimers.

3.2. On Bead Screen for TAR Binding. Initially we aimed
to develop a simple fluorescent screening procedure for
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Figure 2: Representative pictures from screen of PAA library. The left hand picture represents a positive hit, while the picture on the right is
a negative result within our screen.

assessing TAR binding to our resin-bound PAAs. To this
end, we adapted protocols developed by the Rana and
Kodadek laboratories to our system [12, 14–16]. Since on-
bead binding and high activity in solution are not necessarily
correlated, our assay design was carefully chosen based on
validated literature results. The incubation conditions mim-
icked those reported by Rana [12], whose bead-based assays
showed strong positive correlation to appropriate off-bead
activity measurements. The PAA-containing beads were first
incubated with a solution of BSA to block any nonspecific
binding to the bead surface. Subsequently, the library was
incubated with a bulge mutant TAR construct containing
a single base bulge, rather than the wildtype trinucleotide
bulge. The bulge mutant acted as a competitive inhibitor
to exclude compounds that were not specific for the bulge

region of TAR. Next, 5′-biotinylated wildtype TAR was added
to the resin in the presence of an excess of bulge mutant
TAR. Binding events were visualized using a fluorescent
microscope equipped with a triple bandpass filter after the
addition of streptavidin-coated quantum dots (Qdot605).
This method allowed for the visualization of positive beads as
red in color where beads containing nonbinding polyamines
were seen as green under the microscope (Figure 2). From
this initial screen the six brightest beads were selected, as
determined by visual inspection and verified independently
by a second researcher, and resynthesized on a larger scale
to allow determination of binding constants. To describe
the PAAs, the standard one-letter amino acid abbreviations
are used to describe the sequence of sidechains with the
understanding that in this paper the backbone is represented
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by the chemical structure in Figure 1 for a PAA backbone.
The six PAAs selected based on the screen were SFF, YFF, FFF,
SYS, YSF, and FYY.

3.3. Terbium Footprinting Experiments. Previous work in our
lab found RNA footprinting studies using terbium (III)
ions as an RNA cleavage agent to be a reliable method for
quantification of polyamine binding to TAR RNA [13, 17].
The six selected PAAs were synthesized, purified by reversed
phase HPLC, and quantified by UV absorbance. The PAAs
were then titrated into buffered solutions containing TAR
up to 1 mM concentrations and effects on RNA cleavage
patterns were assessed as a function of PAA concentration
via denaturing gel electrophoresis. The results of these
experiments identified the sequence XFF as a binding motif
specific for the bulge region of TAR. Three of the six
ligands selected showed appreciable binding affinity for the
bulge region, with SFF, YFF, and FFF exhibiting binding
constants in the low micromolar range (Figure 3). The best
ligand derived from our initial screen was SFF (Figure 4),
exhibiting a KD of 14 μM for the bulge region. Additionally,
no binding was observed for the loop region of the TAR RNA,
suggesting that our screen effectively selected for molecules
that specifically interacted with the desired bulge region
rather than nonspecific RNA binders (see supplementary
material).

3.4. Alanine Scan. We next sought to probe the importance
of sidechain interactions in an effort to define a minimal
binding motif for the bulge region. The most direct way for
us to probe this question was to substitute each sidechain in
our best ligand (SFF) with a moiety deemed to be unlikely
to interact with the RNA. In analogy to alanine scans in
peptides, we synthesized the alanine-derived PAA monomer
and iteratively replaced each monomer in the SFF PAA with
one bearing a methyl sidechain [18]. The three PAAs were
synthesized and subjected to terbium footprinting assays.
We found that all three sidechain replacements yielded
compounds with very low affinity for the TAR target, thus
leading us to conclude that all three sidechains were critical
to maintain binding affinity.

3.5. Secondary Library Synthesis and Screen. The PAA scaf-
fold was intentionally designed such that modifications to
the backbone could be easily installed in order to determine
structural activity relationships (SARs). Therefore, modifi-
cation to the backbone of the SFF core motif could lead to
enhanced binding affinity for TAR. In this vein, we aimed
to synthesize a library of compounds based on the SFF core
but bearing sidechains in place of the glycine subunit of
the PAA monomers. Six new monomers were synthesized,
where the key step involved condensation between serine
or phenylalanine aldehydes and the hydrochloride salts
of either tryptophan, tyrosine, or lysine (Figure 5). The
new monomers and the original serine and phenylalanine
monomers were incorporated into a 64-member PAA library,
where all library members contained the previously identi-
fied SFF core. The library was again subjected to the Qdot
based screen and the six brightest hits were chosen for further

Sequence KD (μM)a,b

3.41FFS

3.81FFY

0.03FFF

DNSYS

DNFSY

DNYYF
aKDwas determined by assessing cleavage patterns at U23 in the TAR bulge.
bND indicates a footprinting assay that relevant data could not be extracted
from due to non-specific or very weak binding.

(a)

SFF

0.01 0.1 1 10 100 1000 10000

0

0.1

0.2

0.3

0.4

0.5

0.6

0.7

0.8

0.9

1

1.1

log[SFF]

R
el

at
iv

e 
cl

ea
va

ge
 a

t 
U

23

(b)

G C
G C
C G
C G
A U
G C
A U

G C
A U
G C
C G

G
G G

16 46

22
23

26
U

C
U

C A
U

O -

Bulge

32P 3
2

5’ 3’

Loop

(c)

Figure 3: (a) Sequences of PAA “hits” from the initial screen and
their corresponding dissociation constants for the bulge region
of TAR. (b) Binding curve for SFF as determined by quantifying
changes in cleavage at U23 as a function of SFF concentration (c)
Structure of TAR RNA hairpin.

H2N

O

N
H

O H
N

H
N

H
N

H
N

H
N

OH Ph
O O

Ph

NH2

Figure 4: Structure of SFF ligand.



6 Journal of Nucleic Acids

FmocHN
FmocHN FmocHN

R R

H

O

O O

OBn
OBn OH

N
Boc

R
O

N
Boc(1) NaBH(OAC)3

(2) Boc2O

H2, Pd/C

MeOH

R = Ser or Phe
= Lys, Trp, Tyr

+ ClH3N

RRR

R

Figure 5: Synthesis of secondary library monomers.

characterization. Unfortunately, all PAA derived from the
second screen showed either very weak affinity for TAR or no
affinity at all in the footprinting assays (see supplementary
material).

As biological knowledge has advanced, RNA has emerged
as a viable pharmaceutical target. To date, there are few
de novo designed molecules that are capable of specifically
interacting with folded RNA. In this paper, we have presented
a class of readily synthesized oligomers that can specifically
bind to the bulge region of folded TAR RNA. In developing
these molecules, we implemented a quantum dot based flu-
orescent screening protocol that readily identified ligands for
RNA. Our screening protocol allowed for the determination
of a minimal binding motif from the initial PAA library.
Quantification of binding affinity via footprinting analysis
yielded a low micromolar binder of TAR RNA specific for
the bulge region. We anticipate that further understanding
of RNA-mediated biological pathways will serve to validate
RNA as a viable drug target. Consequently, the ability to
rapidly develop drug candidates that are able to distinguish
between subtle differences in RNA secondary structure will
be of the utmost importance. We feel that the methods
and results presented in this work represent a step toward
developing a general class of RNA binding molecules that can
suit this purpose (see supplementary material).
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Directed evolution of proteins is a technique used to modify protein functions through “Darwinian selection.” In vitro
compartmentalization (IVC) is an in vitro gene screening system for directed evolution of proteins. IVC establishes the link between
genetic information (genotype) and the protein translated from the information (phenotype), which is essential for all directed
evolution methods, by encapsulating both in a nonliving microcompartment. Herein, we introduce a new liposome-based IVC
system consisting of a liposome, the protein synthesis using recombinant elements (PURE) system and a fluorescence-activated cell
sorter (FACS) used as a microcompartment, in vitro protein synthesis system, and high-throughput screen, respectively. Liposome-
based IVC is characterized by in vitro protein synthesis from a single copy of a gene in a cell-sized unilamellar liposome and
quantitative functional evaluation of the synthesized proteins. Examples of liposome-based IVC for screening proteins such as
GFP and β-glucuronidase are described. We discuss the future directions for this method and its applications.

1. Introduction

Protein engineering is a technology that tailors a protein to
function in a desired way. Rational design and directed
evolution are two major approaches for introducing a change
into the amino acid sequence of proteins. As a small
change in the protein sequence can induce critical functional
changes in proteins, altering the amino acid sequence is a
crucial step in these approaches; the amino acid sequences
are primarily altered by introducing mutations in the gene
that encodes the protein of interest. In site-directed mutagen-
esis, specific mutations to the DNA sequence are introduced,
which yields a desired function if the relationship between
protein structure and function is clearly understood. How-
ever, directed evolution of proteins is based on Darwinian
selection and thus does not necessarily require knowledge
of the relationship between protein sequence and function
[1, 2]. Using this method, mutations are generated through

techniques such as random mutagenesis, recombination, or
site-directed diversification [3]. Subsequently, the protein
variants are synthesized from the mutated genes using living
hosts (cells) or an in vitro transcription-translation system
(IVTT), and they are screened for the desired function.
Therefore, the methods used for directed evolution can be
categorized as “in vivo” and “in vitro” approaches.

The difference between these two approaches (in vivo
and in vitro approach) is the way that the genotype (genetic
information encoding a protein) and a phenotype (the
protein synthesized from the gene and its function) are
linked for the genes of interest (Figure 1). Through an in
vivo approach, the genotype-phenotype link is produced by
using a living cell. For example, cell-surface display is an
in vivo screening technique that uses a fusion protein to
localize protein molecules to a cell membrane surface. Target
proteins fused with a membrane protein are displayed on the
cell membrane surface, screened for the desired function by
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exposure to a colorimetric detection reagent, and selectively
sorted using a fluorescence-activated cell sorter (FACS)
[4, 5]. Phage display is another in vivo display technique
that uses a phage for gene storage and protein display. In
this technique, target proteins are fused with phage coat
proteins (g8p or g3p) and displayed on a phage surface.
These in vivo screening techniques have been applied to the
directed evolution of proteins. However, these techniques are
applicable to a limited number of proteins that are not toxic
to growth of the host cell. Low transformation efficiency also
limits genetic diversity (library size) by up to 108.

To overcome these technical drawbacks in in vivo
techniques, in vitro display was proposed as a new display
technique [6, 7]. In this technique, protein variants are
synthesized from the gene using an IVTT, and the gene
(genotype) is physically or covalently tethered to the trans-
lated protein (phenotype) via an adaptor or linker, such
as ribosomes (ribosome display) [8], RepA (CIS display)

[9], and puromycin (mRNA display) [10]. The proteins
linked to the mutant gene are screened for the desired
function. These in vitro display methods are suitable for
improving protein equilibrium affinity, off rate, stability,
and folding [8]. However, these display techniques are not
suitable for improving the catalytic activity of enzymes
because they rely on binding affinity between the displayed
protein and an immobilized ligand for the screen [11]. In
vitro compartmentalization (IVC) is a solution to direct
screening for enzymatic reaction turnover entirely in vitro.
The primary idea underlying IVC is that a DNA, an IVTT,
and a fluorogenic detection reagent are encapsulated in a
cell-like compartment to form a genotype-phenotype linkage
(Figure 2, left). Proteins are translated from a single gene
using an IVTT in each compartment, and they yield a
fluorescent product that is screened directly for the catalytic
activity of interest using an FACS [11]. We introduce
herein the earlier studies on IVC-based directed evolution
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of proteins, where water-in-oil (W/O) emulsions were used
as microcompartments. We then introduce the IVC using
cell-sized lipid vesicles, liposomes. Firstly, the technology
underlying protein synthesis using an IVTT inside liposome
is described. Then, construction of the liposome-based gene
screening system using FACS and examples of the application
of the liposome-based IVC to directed evolution of proteins
are described. Finally, we remark on the future directions for
liposome-based IVC in directed evolution that are impossible
with other IVC techniques.

2. In Vitro Compartmentalization (IVC)

2.1. Emulsion-Based IVC. In vitro compartmentalization
(IVC) is a technique for linking genotype to phenotype.
Unlike other techniques used in conventional in vitro display,
IVC does not connect directly the gene and encoded protein.
IVC utilizes microcompartments for genotype-phenotype
linkage. A single DNA and an IVTT are encapsulated in a
microcompartment (Figure 2, left). Proteins encoded by the
gene accumulate inside the microcompartment through in
vitro protein synthesis. Colocalization of the gene and pro-
tein links the genotype and phenotype. W/O emulsion was
first utilized for microcompartments in IVC-based genetic
screening. With this technique, genes encoding the DNA
methyltransferase M. HaeIII were enriched from a mixture
containing 107-fold excess genes encoding dihydrofolate
reductase [12]. Furthermore, toward high-throughput gene
screening using an FACS, microbead display using IVC
(Figure 2, right) was performed to screen catalytic activity of
enzymes with a soluble non-DNA substrate [13]. This tech-
nique enables us to evaluate the catalytic activity of enzyme
encapsulated in cell-size microcompartments under a variety
of conditions that can inhibit the in vitro protein synthesis,
because the evaluation of catalytic activity is separated from
the protein synthesis. As a next advancement of IVC, water-
in-oil-in-water emulsion (double emulsion) was adapted
and enabled direct sorting of intact emulsion droplets.
This double emulsion technique was first demonstrated
through model selection of emulsion droplets encapsulating
FolA genes from a droplet mixture with two separate
W/O emulsions: a positive emulsion containing FolA genes
and a fluorescent marker as well as a negative emulsion
containing M. HaeIII genes and no fluorescent marker [14].
Reemulsification of W/O emulsion droplets in the aqueous
phase creates double emulsion droplets, which can be directly
analyzed and sorted using an FACS. Using the emulsion-
based IVC and in vitro protein synthesis, Ebg, which is an E.
coli protein of unknown function, was evolved into mutant
proteins with β-galactosidase catalytic activity [15]. Single
genes from the mutation library for Ebg as well as an IVTT
and a fluorogenic substrate were compartmentalized in a
W/O emulsion droplet. In an emulsion droplet, Ebg variants
are translated from the mutant gene and yield fluorescent
product if the variants express β-galactosidase catalytic
activity. After reemulsification of the W/O emulsion in the
aqueous phase, double emulsion droplets were screened
directly for β-galactosidase activity (through the fluorescent
signal from turnover reaction products).

2.2. Advantages and Limitations of Emulsion-Based IVC.
Emulsion-based IVC is suitable for the quantitative screening
of enzyme variants using an FACS because each emulsion
droplet yields a fluorescent signal, which reflects the enzy-
matic activity of each variant. Other in vitro display tech-
niques involve screening based on a binding event between
a displayed protein and immobilized ligand and are not
adapted for observing a catalytic turnover event. Although
emulsion-based IVC has been useful and successful for
directed evolution of enzymes, this method has two technical
limitations. The first limitation concerns the stringency
of the genotype-phenotype link (Figure 3, right). Double
emulsion droplets containing multiple compartments are
formed when W/O emulsion is reemulsified in an aqueous
phase. During the reemulsification process, two types of
microcompartments can be entrapped in a double emulsion
droplet; one microcompartment can encapsulate the gene of
interest and the other can encapsulate an unrelated gene. The
genotype-phenotype link would be severed if two different
mutant genes were in a double emulsion droplet for sorting
using an FACS [16]. One approach to overcome the issues
from multiple compartments is through a high-throughput
screening platform using droplet-based microfluidics [16].
This screening platform comprises a droplet generation
device (droplets for gene amplification), droplet fusion
device (electrocoalescence between droplet pairs of a gene-
containing droplet and an IVTT-containing droplet for the
genotype-phenotype link), and sorting device (for recovery
of the genes of interest). The second limitation of the
emulsion-based IVC is a technical hurdle for its application
using a variety of protein classes, such as membrane proteins
(Figure 3, left), which cannot be overcome by the use of the
aforementioned droplet-based microfluidics.

For the technical issue of single droplet containing
substructures, and that preclude membrane protein use in
directed evolution of proteins (Figure 3), cell-sized micro-
compartments with a phospholipid bilayer membrane are
ideal solution for both issues [17–19]. We have been
studying in vitro protein synthesis in liposomes [20–23] and
constructed a high-throughput gene screening system using
liposomes (liposome-based IVC) and an FACS [24, 25]. Our
experimental system for protein synthesis in liposomes com-
prises a liposome as the bioreactor, chemical components
for protein synthesis, and analytical tools for quantitation
of the proteins produced. The following sections survey
the liposomes used in preparation methods for cell-sized
compartments (Section 3), in vitro protein synthesis using
a PURE system (Section 4), high-throughput analysis using
an FACS (Section 5), and liposome-based IVC for directed
evolution of proteins (Section 6).

3. Liposomes as Cell-Sized Microcompartments

3.1. Liposomes. A phospholipid vesicle is a spherical hollow
capsule that has an inner aqueous phase surrounded by
a phospholipid bilayer membrane. The vesicular structure
is formed spontaneously by dispersing phospholipids in
an aqueous medium (Figure 4). Vesicle formation from
egg lecithin was first reported by Bangham and Horne in



4 Journal of Nucleic Acids

“Genotype- phenotype linkage is broken

in a double emulsion droplet for FACS sorting”

Oil

W/O emulsion droplets

(gene expression)

Water

Double emulsion droplets
(screening)

Oil Water

“Membrane proteins cannot be reconstituted

into surfactant layer of w/o emulsion”

Water

Surfactant layer

Oil

Surfactant layer

Figure 3: The technical limitations of emulsion-based IVC due to the “W/O emulsion” and “double emulsion” structures.

Phospholipids Liposomes

Lipid bilayer membrane

(matrix for membrane protein)

Inner aqueous phase

(reactor for protein synthesis)

DNA
IVTT

Reaction mixture
for protein synthesis

DNA

...

Figure 4: Liposomes as a platform for in vitro protein synthesis. Reaction mixture for protein synthesis constitutes an inner aqueous phase
of liposome, in which protein is synthesized from a DNA. Membrane protein synthesized inside liposome can be embedded into a lipid
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1964 [26]. They observed dried samples from an aqueous
dispersion of lecithin by electron microscopy and discovered
a spherical structure with a 4.4 nm thick lipid layer of
lamellae. “Liposome” is a term for a phospholipid vesicle and
was proposed by Sessa and Weissmann in 1968 [27]. This
term is generally accepted. Since the first report by Bangham,
liposomes have been utilized in various biophysical and
biochemical studies, including model membranes, microre-
actors, supramolecular assemblies for biomimetic systems,
and drug carriers for drug delivery systems [28]. Currently,
liposome-related studies are motivated by a growing interest
in “synthetic cells” [29] and the “origin of life” [29], both
of which are intended to address how living things might

emerge from nonliving matter [30]. The recent trend in
liposome-related studies regards liposomes as a protocell
model in which biochemical reactions inside a living cell are
executed by filling liposomes with the required components.
In vitro protein synthesis in liposomes and its application
to genetic screening (liposome-based IVC) are examples of
bioengineering as well as liposome-related studies.

3.2. Preparation Methods for Cell-Sized Liposomes. Lipo-
somes are diverse in size (from several tens of nm to
hundreds of μm in diameter), lamellarity (singly lamellar or
multilamellar), and internal structure (single compartment
or multiple compartments). This diverse structure depends
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on the liposome preparation methods. However, not all sizes
of liposomes are applicable as microcompartments for IVC-
based gene screening due to detection limits (approximately
1 μm in diameter) in FACS measurements (see Section 5
for details). Therefore, the liposome size suitable for this
experiment is similar to a cell size (larger than 1 μm in diam-
eter), and such a cell-sized liposome is referred to as a “giant
liposome” [31]. Giant liposomes are primarily generated
using the “hydration of thin film method,” “rehydration of
freeze-dried empty liposome (FDEL) method,” or “inverted-
emulsion method” [32].

In liposome-based IVC, a single DNA and an IVTT are
encapsulated in the same giant liposome to link genotype
and phenotype (Figure 4). Feasibility of liposome prepa-
ration, encapsulation of the reactants for in vitro protein
synthesis, and the internal structure of the liposome are
significantly influenced by the preparation method for the
giant liposome. For the hydration of thin film or rehydration
of freeze-dried empty liposome methods of giant liposome
preparation, the liposomes are formed by reconstituting
dried lipid film with a reaction buffer for protein synthesis.
The advantage of the hydration of thin film method is
that liposomes can be prepared using various phospholipids
irrespective of electrical charge. However, the disadvantage
of the method is that a relatively large quantity of reaction
mixture is necessary for swelling the dried thin film of the
lipids during liposome preparation, and macromolecular
compounds in the reaction mixture are difficult to trap
in the liposomes [32]. When giant liposomes are prepared
by the rehydration of freeze-dried empty liposomes, the
liposome structure is sufficiently strong to withstand the
osmotic pressure change in the outer solution and the
sorting operation during the FACS screen [33]. However,
the giant liposomes generated by this method are unsuitable
for quantitative evaluation of in-liposome protein synthesis
using an FACS because certain giant liposomes have multiple
compartments and lamella; thus, the liposome size measured
using an FACS does not represent the compartment size for
protein synthesis [34]. Consequently, liposomes with a single
compartment and lamella (e.g., giant unilamellar liposomes)
are required for quantitative evaluation of in-liposome
protein synthesis (liposome size and product quantity) by
high-throughput analysis using an FACS.

The inverted-emulsion method is a preparation method
for giant unilamellar liposomes [35]. This method comprises
the following steps. The aqueous phase is emulsified in an
oil phase containing phospholipids to prepare a water-in-
oil emulsion. The emulsion is layered on an outer aqueous
solution and centrifuged to sediment the emulsion droplets
towards the oil-water interface where a lipid monolayer
forms. The emulsion droplets generate a second lipid layer
upon crossing the interface and transform into unilamellar
liposomes in the outer aqueous solution. When this type
of giant unilamellar liposome is applied to in vitro protein
synthesis, the compartmentalized reaction mixture is sep-
arated from the outer aqueous phase until the liposomes
are formed. Thus, researchers can control the composition
of both inner and outer aqueous phases. The inverted-
emulsion method is promising for construction of a suitable

microcompartment to quantitatively evaluate in-liposome
protein synthesis and reconstitution of membrane proteins.

4. Protein Synthesis in Liposomes

4.1. The PURE System for In Vitro Protein Synthesis. The
primary components for in vitro protein synthesis are DNA
encoding the protein of interest, an IVTT, and a detection
reagent. These components should be encapsulated firmly in
a liposome when in vitro protein synthesis is performed in
liposomes (Figure 4). An IVTT is a multimolecular machine
that facilitates protein synthesis from DNA in a test tube.
Cell extracts from E. coli, wheat germ, rabbit reticulocytes,
and insect cells have been used as IVTTs for in vitro
protein synthesis [36]. However, cell extracts comprise cer-
tain unknown constituents. Furthermore, proteases, DNase,
RNase, and intrinsic enzymes (e.g., β-galactosidase) remain
in the cell extracts, and these remnants considerably decrease
the production of protein and interfere with the detection of
protein function. These problems are inevitable as long as cell
extracts are used for in vitro protein synthesis. To overcome
these problems, we have been using the IVTT developed by
reassembling the individual components for protein synthe-
sis, which were extracted from E. coli cells overexpressing
the protein factors with a histidine tag and thoroughly
purified. This new IVTT is referred to as a “protein synthesis
using recombinant elements (PURE) system” [37]. In vitro
protein synthesis is a coupled reaction system comprising
transcription, aminoacylation of tRNA, translation, and
energy source regeneration. The PURE system includes the
entire reaction system and is prepared by reconstituting
protein factors, ribosomes, tRNA mixture, and substrates
(20 amino acids and four nucleoside triphosphates) in a
buffer solution. The protein factors are T7 RNA polymerase,
pyrophosphatase, 20 aminoacyl-tRNA synthetases, creatine
kinase, myokinase, and nucleoside diphosphate kinase in
addition to 10 translation factors (three initiation factors
(IF), three elongation factors (EF), three release factors (RF),
and a ribosome recycling factor (RRF)).

4.2. Protein Synthesis from a Single Gene in a Liposome. Using
the experimental system with liposomes, DNA, and an IVTT,
in vitro protein synthesis in liposomes has been studied by a
number of groups [31]. The review article by Stano et al. [31]
is a comprehensive survey of biomacromolecule synthesis in
liposomes for the creation of semisynthetic minimal cells
and provides the most recent and comprehensive list of
publications on protein synthesis inside liposomes. Thus,
our primary focus is on protein synthesis that begins with a
single gene in a liposome, which is a crucial part of liposome-
based IVC, because genotype and phenotype must be linked
for the gene screening process. Our strategy, which links
genotype and phenotype inside a liposome, includes DNA
that encodes the protein of interest and is encapsulated at a
single molecule level with the PURE system in liposomes.
Liposomes in which green fluorescent protein (GFP) was
translated from a single gene were successfully detected,
analyzed, and sorted for a fluorescence signal from GFP using
an FACS [24]. β-glucuronidase catalytic activity expressed
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from a single gene inside the liposomes was also detected and
quantitatively evaluated using a fluorogenic substrate and
FACS [34].

5. High-Throughput Analysis of Liposomes
Using an FACS

5.1. Application of an FACS to Liposome Measurement. In the
liposome-based IVC, an extremely large number (more than
108) of liposomes are created for in vitro protein synthesis
beginning with a single DNA. Liposomes that encapsulate
a gene of interest are screened from the large population
of liposomes for the desired protein function. The protein
function expressed inside an individual liposome should
be detected and quantitatively analyzed to identify the
liposomes for sorting. Protein production and function
inside the liposome are often measured and quantified using
analytical tools such as a fluorescence spectrometer and
fluorescence microscope [31]. A fluorescence spectrometer
detects an averaged fluorescence signal from an ensemble
of liposomes. A fluorescence microscope measures a fluo-
rescence signal from an individual liposome where proteins
are synthesized from genes. Microscopy measurements for
liposomes provide data on the morphology (shape and
size) and fluorescence intensity of a liposome (internal
reaction). However, this technique is only effective for a
much smaller liposome population than the population
required for statistical analysis and gene screening in IVC-
based directed evolution of proteins. FACS is a promising
technique for observing a large population of liposomes
because of its capacity for high-throughput analysis and
simultaneous measurement of multiple characteristics.

An FACS is a powerful experimental apparatus for ana-
lyzing and sorting live cells simultaneously. The apparatus
comprises a fluidics system for transporting one cell at
a time, an interrogation system for detecting the cell by
laser illumination, and a sorting system for collecting the
cells of interest from one to millions of cells. Using this
technique, cells exhibiting a specific biological characteristic
are separated from a heterogeneous population of cells using
fluorescence and light scattering from individual cells in
the population. The FACS was invented in the late 1960s,
commercialized in the early 1970s, and has been utilized
since then for basic studies in cell biology as well as clinical
applications such as diagnosis, disease classification, and in
vivo therapies [38]. Recently, FACS measurements have not
only been used for cell-oriented applications but also for
molecular screening in directed evolution of proteins [15,
39]. In addition, the FACS has been utilized for measuring
nonbiological particles such as submicron-size liposomes
[40] and double emulsion droplets [41] for particle size
and fluorescent marker entrapment. We have used FACS
to characterize liposomes for structure and biochemical
reactions.

We first successfully detected a GFP synthesis in lipo-
somes using FACS based on fluorescence signals from
the synthesized GFP [22]. For liposome structure, the
internal aqueous volume and membrane volume of indi-
vidual liposomes were quantitatively evaluated using light

scattering intensity data from an FACS measurement [42].
The liposome population selected using these structural
parameters was sorted using an FACS and observed by opti-
cal microscopy. The structural parameters generated using
the FACS correlated with liposome structural heterogeneity,
as demonstrated by microscopy observations. Population
analysis of giant liposomes with an FACS was used to
identify the subpopulation of unilamellar liposomes in a 2D
contour map of surface area and internal aqueous volume
generated for giant liposomes [43] (Figure 5). Furthermore,
substructure of the multilamellar giant liposomes has been
identified by encapsulating β-glucuronidase synthesis in
liposome, and analyzed by an FACS [34].

5.2. Evaluation of an In-Liposome Reaction Using FACS.
Analysis of biochemical reactions in liposomes using an
FACS is based on a quantitative evaluation of liposome
size and reaction products in liposomes. Liposome size
is evaluated by measuring the fluorescence intensity of a
fluorescent protein as a volume marker molecule, which is
encapsulated in a liposome at a high concentration [24, 34].
The fluorescence intensity of the marker protein is converted
to the number of marker molecules in a liposome and then
to volume of the internal aqueous phase in the liposome. The
reaction product is quantified by measuring the fluorescence
intensity of new synthesized proteins or the fluorescent
product of expression of a protein function [20, 25]. Through
this analytical method using an FACS, a large population of
liposomes can be measured for size and reaction as well as
analyzed throughout a population or subpopulation that is
defined by reactivity and a specific size [33]. For liposome-
based IVC enzyme screening, a fluorescent volume marker
and fluorogenic substrate are encapsulated in liposomes for
a screening assay using an FACS (Figure 5, left). Details on
this screening system are described in Section 6.

Using our system, GFP synthesis inside the liposomes
was quantitatively evaluated, and the influence of lipid
membrane composition on protein synthesis was discussed
[44]. The study suggested that phospholipids and other
liposomal membrane components for liposome preparation
should neither inhibit nor impair the protein synthesis
reaction steps. Furthermore, GFP synthesis inside the lipo-
somes proceeds similarly to that in the test tube in spite
that liposomes have very high surface-to-volume ratio in
comparison to a test tube. This indicates that phospholipids
and other liposomal membrane components for liposome
preparation neither inhibit nor impair the protein synthesis
reaction steps [20]. Consequently, liposome provides a
reaction environment that is equally good as a test tube and
provides an extremely large number (more than 1010/100 μL
reaction volume) of microcompartments.

6. Liposome-Based IVC for Directed
Evolution of Proteins

6.1. Liposome-Based IVC. We constructed a novel gene
screening system using a liposome-based IVC for directed
evolution of proteins [24, 25]. Liposome-based IVC is a
technique used to link genotype and phenotype. The idea
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underlying this technique is that a mutant gene library
is compartmentalized as a single molecule into cell-sized
liposomes (giant liposomes) and a protein variant is syn-
thesized from the encapsulated mutant gene through the
PURE system in each liposome. Liposome-based IVC has
two primary advantages over emulsion-based IVC. Unlike
W/O emulsion droplets, liposomes are directly loaded onto
an FACS apparatus when they are analyzed for gene screening
(no reemulsification process is required for FACS analysis).
The catalytic activity of an enzyme expressed in a liposome
is quantitatively evaluated using an FACS when a giant
unilamellar liposome is utilized for enzyme synthesis and
catalytic activity expression. An FACS measurement collects
signals from two or more different fluorescence colors (a
fluorescent volume marker and fluorogenic substrate) from
individual liposomes simultaneously and quantitates the
liposome size and reaction product concentration, both of
which are necessary for quantitative evaluation of catalytic
activity. In addition, membrane proteins can be inserted
into the phospholipid bilayer membrane of a liposome when
giant unilamellar liposome is utilized for membrane protein
synthesis. Membrane protein incorporated into lipid bilayer
membrane is a prerequisite for quantitative evaluation of
membrane protein function and subsequent genetic screen-
ing.

We first performed a pilot experiment for liposome-
based IVC and demonstrated that the technique is promising
for genetic screens [24]. Two GFP variants, GFPuv2 and
GFPuv5, were used in the pilot experiment, and they
were encoded in the pETG2tag and pETG5tag vectors,
respectively. GFPuv5 emits a fluorescent signal eight times
higher than GFPuv2 when excited at 488 nm. A mixture
of the pETG2tag and pETG5tag DNA at molar ratio of

0.85 : 0.15 was compartmentalized into giant liposomes with
the PURE system and a fluorescent volume marker. Giant
liposomes were prepared by FDEL method (Section 3). After
incubation for GFP synthesis, the liposomes were measured
for fluorescent signals from the translated GFP as well as
volume marker and sorted using the higher fluorescent
intensity of GFP and a certain liposome size. The pETG5tag
was enriched over 10-fold from the initial genetic mixture
when the liposomes were collected from two liposome
subpopulations; one subpopulation ranged from 1.4fL to
6.7fL and the other ranged from 6.7fL to 13fL. Therefore, the
genotype- (GFP gene-) phenotype (GFP) link was securely
constructed in individual liposomes, which encapsulated a
single copy of DNA. Thus, the pilot experiment successfully
showed that GFP genes encapsulated in a liposome can be
screened for the fluorescence intensity from GFP emission.

However, we anticipated the following technical issue,
which can be caused by multiple compartments and lamella
in giant liposomes prepared by the FDEL method [34]. The
issue is underestimation of catalytic activity where a gene
is expressed only in a subset of the multiple compartments
in a giant liposome. This yields an inaccurate evaluation
of catalytic activity in individual liposomes and lower
enrichment in the gene of interest. In addition, translocation
of a membrane protein into the membrane of a multilamellar
liposome is a technical hurdle for detection of a functional
membrane protein. To solve these problems, we used a
giant unilamellar liposome for liposome-based IVC. A giant
unilamellar liposome was prepared using the inverted-
emulsion method (Section 3.2). We constructed a genetic
screening system composed of in vitro protein synthesis
encapsulated within a giant unilamellar liposome and an
FACS (Figure 6). A mock genetic library for β-glucuronidase
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Figure 6: Flow chart for protein screening using liposome-based IVC. Library of mutated genes are compartmentalized with PURE system
and other reagents into liposome. Each protein variant is synthesized from a single copy of gene in each liposome. Liposomes encapsulating
the gene of interest are screened using an FACS. DNA extracted from the liposomes is amplified to be transferred to the next round of gene
screening.

(GUS) was compartmentalized into liposomes as a single
molecule. The liposomes that exhibited green fluorescence
from hydrolysis of the fluorogenic substrate through the
synthesized GUS were sorted from the subpopulation of
giant unilamellar liposomes using an FACS. More than a
10-fold enrichment of the GUS gene with a higher catalytic
activity was generated when a single copy of the GUS gene
was encapsulated in each liposome. Quantitative analysis of
the enrichment factors and their liposome size dependencies
showed that the experimentally generated and theoretical
values agreed. Using this method, the genes encoding active
GUS were then enriched from a gene library of randomly
mutated GUS genes. Only three rounds of screening were
required, which was also consistent with our theoretical
estimation. The consistency between the theoretical and
experimental values generated using our screening system
indicates that the screening system operates as expected.

6.2. Protein Evolution Directed by Compartment Size. Here,
the directed evolution of protein is discussed through the
effect of compartment size on protein function. Nature con-
tains living prokaryotes with cell sizes that range from 0.02fL
to 400fL [45]. The lower limit of the cell size is determined by
the catalytic efficiency of enzymes, protein synthesis machin-
ery, and machinery to cope with sudden environmental
changes [45]. Under this theory, smaller cells could be gener-
ated if the enzyme catalytic efficiency was greater. Naturally
occurring proteins have evolved in the cell through Dar-
winian selection. However, directed evolution of protein has
never been discussed regarding compartment size because
conventional microcompartments (emulsions) have been
unsuitable for this purpose. Of the gene screening techniques
for directed evolution of proteins, liposome-based IVC is
the most promising technique for studying how compart-
ment size influences protein evolution because the internal
aqueous phase volume of the liposome is accurately evalu-
ated by FACS measurement. A molecular evolution system

using liposome-based IVC is an experimental approach for
simulating the evolutionary process of protein function in a
certain cell size.

We propose a molecular evolution system for evaluating
the effect of compartment size on protein evolution. The
system comprises a giant unilamellar liposome, GUS, and an
FACS. Giant unilamellar liposomes are polydisperse in size
ranging from 0.5fL to 250fL or larger, which includes the
cell size discussed. GUS is a tetrameric enzyme, and GUS
tetramer formation is a rate limiting step in catalytic activity
expression [46]. Kinetic analysis of GUS tetramer formation
in emulsion droplets showed that tetramer formation is sus-
ceptible to compartment size when GUS is synthesized from
a single gene in a W/O emulsion droplet [47]. Monomeric
GUS is prone to assemble in a smaller compartment because
tetramer formation is the rate limiting step. In our molecular
evolution system, a library of randomly mutated GUS
genes and the PURE system are compartmentalized in giant
unilamellar liposomes. GUS variants are synthesized in
individual liposomes. Liposomes exhibiting GUS catalytic
activity are sorted from the subpopulation defined by
a certain liposome size (100fL) and green fluorescence
intensity above threshold value. We predict that GUS variants
prone to assemble in a larger compartment (100fL) will be
generated after iterative rounds of genetic screening. Our
genetic screening experiment is in progress and will continue
until it generates a gene encoding active GUS variants, which
are fit to a certain liposome size.

6.3. Adaptation of Membrane Protein Function to a Liposome
Environment via Directed Evolution. Membrane proteins
perform a variety of functions in cells, including material
transport, signal transduction, and cell-cell contact. With
recent progress in minimal cell research using liposomes
and an IVTT, experimental methods for including mem-
brane proteins are under development. Giant unilamellar
liposomes are an ideal cell-mimetic environment because
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the lipid composition can be optimized for reconstitution of
membrane proteins. Although certain water soluble proteins
have been synthesized using an IVTT inside liposomes
(Section 4), thus far only a few membrane proteins have
been synthesized inside liposomes and reconstituted into
a lipid bilayer membrane. For synthesis of membrane
proteins inside liposomes, a few groups have succeeded in
synthesizing and characterizing α-hemolysin for membrane
permeation of nutrient molecules in giant unilamellar lipo-
somes [18] as well as sn-glycerol-3-phosphate acyltransferase
(GPAT) and lysophosphatidic acid acyltransferase (LPAAT)
for lipid synthesis in liposomes [48]. We believe that through
liposome-based IVC development, in vitro molecular evo-
lution of membrane proteins become possible. Advantages
of using liposome-based IVC on the molecular evolution of
membrane proteins are expected as follows. (1) Various kinds
of membrane proteins can be engineered irrespective of their
toxicity threatening cells’ lives, (2) functions of membrane
proteins can be evaluated under various reaction conditions
and also in membranes with various lipid compositions.
Thus, research on membrane proteins is entering a new stage
for applications aimed at complex molecular machines, such
as biosensors for a monitoring device, biochips for diagnosis,
and biointerfaces for computing.

7. Conclusions

In this paper, we reviewed a novel in vitro genetic screen-
ing system comprising liposome-based IVC and an FACS.
Liposome-based IVC is a new technique developed to link
genotype and phenotype. This technique utilizes a giant unil-
amellar liposome and a PURE system. A library of mutant
genes and a PURE system are compartmentalized into
giant unilamellar liposomes for in vitro protein synthesis. A
protein variant (phenotype) translated from a single DNA
is colocalized with the DNA (genotype) inside a liposome.
Using an FACS for high-throughput screening, liposomes
encapsulating the gene of interest are sorted from a large
population of liposomes using fluorescent signals generated
from expression of a protein function. The genes of interest
are enriched through iterative rounds of genetic screening.

With the gene screening system, genetic diversity at
approximately 107 can be screened in a day [25]. The
diversity size is sufficiently large for directed evolution of
proteins. The system can screen various proteins including
enzymes and membrane proteins. A large population of
liposomes of different sizes (from 0.5fL to 250fL) facilitates
the search for a protein function that has adapted to a certain
compartment size. In addition, the semipermeable character
of the liposomal membrane facilitates external feeding of
a liposome compartment using additional solutes. If the
protein function of interest is coupled to the external solute,
then the protein screen is controlled by the timing of feeding
and/or solute quantity.

Liposome-based IVC was successfully proven effective
for screening a protein function under simple conditions.
However, in nature, proteins must have evolved to adapt
to more complex and dynamic environments where many
biochemical reactions are coupled and organized to control

cell behavior. This suggests that a reaction system comprising
many proteins and enzymes can evolve to perform more
efficiently and more productively. Liposome-based IVC will
be a useful method for simulating versatile conditions
by assembling the necessary components into a liposome
reactor. It is expected that such liposome reactors containing
a coupled reaction system have high potential as biochemical
sensors for monitoring chemicals (e.g., carcinogens, toxins,
and environmental hormones) and microreactors to produce
biologically active substances for daily use (e.g., anticancer
drugs and antibiotics) with high efficiency and selectivity.
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Here is presented a concept for in vitro selection of suppressor tRNAs. It uses a pool of dsDNA templates in compartmentalized
water-in-oil micelles. The template contains a transcription/translation trigger, an amber stop codon, and another transcription
trigger for the anticodon- or anticodon loop-randomized gene for tRNASer. Upon transcription are generated two types of RNAs,
a tRNA and a translatable mRNA (mRNA-tRNA). When the tRNA suppresses the stop codon (UAG) of the mRNA, the full-length
protein obtained upon translation remains attached to the mRNA (read-through ribosome display) that contains the sequence
of the tRNA. In this way, the active suppressor tRNAs can be selected (amplified) and their sequences read out. The enriched
anticodon (CUA) was complementary to the UAG stop codon and the enriched anticodon-loop was the same as that in the natural
tRNASer.

1. Introduction

Selection/amplification is a general tool for directed evo-
lution of nucleic acids and proteins [1], which is much
more complicated for reaction promoters (biocatalysts) than
for simple binders [2]. Selection and identification for the
former require some sort of catalyst-product pairing in an
isolated compartment. In vivo selection using living cells
has been typical choice for such a purpose. Meanwhile, in
vitro selection, as opposed to in vivo selection, is simple and
convenient to carry out, is free from cytotoxicity problems,
and allows for starting with a library of great diversity.

Griffiths and Tawfik proposed an in vitro compartmen-
talization (IVC) technique for the in vitro evolution of
biomolecules including biocatalysts, where biocatalysts are
transcribed/translated in a compartmentalized water-in-oil
emulsion to allow catalyst-product pairing [2]. In practice,

the IVC technique has been applied successfully for evolving
or improving biocatalysts such as ribozymes and enzymes
[3–12].

Here, we applied the IVC technique for evolution of
tRNAs (one of catalysts in protein translation systems) [13–
16] and present a promising concept for in vitro selection
of suppressor tRNAs by the combination of read-through
ribosome display (Rt-RD, vide infra) [17, 18].

2. Materials and Methods

2.1. General Design, Transcription/Translation System, and
Analysis. Biological reagents and solvents were purchased
from standard suppliers and used without further purifica-
tion. Binding of suppressor tRNA to an amber stop codon
is in competition with that of release factor 1 (RF1) to
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terminate the translation. The amber codon is also often
misread by the exogenous tRNA for Gln. To maximize the
suppression efficiency and minimize incorporation of Gln
at the amber codon, we used a reconstituted prokaryotic
cell-free translation system (PURESYSTEM Classic) [19], in
which RF1, and Gln and Gln-tRNA synthetase had not been
added unless otherwise stated. The T7-promoted translation
is generally more efficient for longer templates. To keep a
“balance” in the amounts of the fused mRNA (mRNA-tRNA)
(longer) and the tRNA (shorter) transcribed, we put GCC
immediately downstream of the first T7-promoter so as to
lower the translation efficiency for the fused mRNA (It is
known that a G-less sequence, immediately downstream of
the T7 promoter, suppresses the transcription efficiency). Gel
electrophoresis and blotting were carried out on a BE-250
electrophoresis apparatus (BIO CRAFT) and a Trans-Blot SD
system (Bio-Rad), respectively.

2.2. Preparation of Template DNAs for Selection. pDHFR,
encoding E. coli DHFR, was a gift from Dr. Y. Shimizu. The
first PCR was carried out in 20 μL of a reaction mixture
containing 4 pmol of a forward primer containing a FLAG
domain (bold) and a TAG amber stop codon (italic) 5′-d(AA
GGA GAT ATA CCA ATG GAC TAC AAG GAT GAC GAT
GAC AAG TAG ATC AGT CTG ATT GCG GCG TTA G)-
3′, 4 pmol of a reverse primer with the lower T7 promoter
(underlined) 5′-d(GTT CAG CCG CTC CGG CAT CTC
TCC TAT AGT GAG TCG TAT TAC CGG GTG ACT GCT
GAG GA)-3′ for the tRNA-fused template or 5′-d(TGG CGG
AGA GAG GGG GAT TTG AAC CGG GTG ACT GCT GAG
GA)-3′ for nonfused template, 20 ng of pDHFR, 1.25 U of
Pfu Ultra HF DNA polymerase (Stratagene), 4 nmol each of
dNTPs (TOYOBO), and 2 μL of 10×Pfu Ultra HF reaction
buffer. After the PCR reaction, the product was purified by
agarose gel electrophoresis. The second PCR was carried
out in 20 μL of a reaction mixture containing 4 pmol of a
forward primer with the upper T7 promoter (underlined)
and the following sequence after modification (vide supra) of
the widely-used one 5′-d(T AAT ACG ACT CAC TAT AGC
CCG GCC ACA ACG GCT GGG CTC TAG AAA TAA TTT
TGT TTA ACT TTA AGA AGG AGA TAT ACC A)-3′, 4 pmol
of a reverse primer with the sequence for E. coli tRNA for
Ser (SerU) 5′-d(TGG CGG AGA GAG GGG GAT TTG AAC
CCC CGG TAG AGT TGC CCC TAC TCC GGT L1L2X YZL3

L4AC CGG TCC GTT CAG CCG CTC CGG CAT C)-3′ (L1∼4

and XYZ represent the anticodon-loop and anticodon bases,
respectively), ∼20 fmol of the purified first PCR product,
1.25 U of Pfu Ultra HF DNA polymerase, 4 nmol each of
dNTPs, and 2 μL of 10×Pfu Ultra HF reaction buffer.

2.3. In Vitro Selection of Suppressor tRNAs. In vitro coupled
transcription/translation of template DNAs in the reverse-
phase micelle was carried out as follows. A 50 μL portion
of a cell-free translation system containing 50 pM of a DNA
template (2.5 fmol) was added gradually to 950 μL of mineral
oil (Sigma) containing detergents Span 85 (Nacalai Tesque)
(4.5% v/v) and Tween 20 (Sigma) (0.6% v/v) under stirring
on ice. The diameter (d) of the micelles (water droplets) in

the resulting emulsion was about 2 μm, indicating that the
number of micelles was N = V/v = 1.2 × 1010, where V is the
total volume of the water phase (50 μL) and v is the volume of
a micelle with d = 2 μm. The dsDNA used (2.5 fmol) contains
1.5 × 109 template molecules. This number is one-order
of magnitude smaller than that of the micelles. Thus, each
micelle is expected to encapsulate maximally one template.

After incubation of the mixture at 37◦C for 1 h, the
emulsion was spun at 2000×g for 10 sec. A 200 μL portion
of the supernatant was carefully taken from the upper
part and mixed with 200 μL of an ice-cold selection buffer
(Phosphate-K, pH 7.3) containing 92.2 mM of K+, 300 mM
of Na+, 50 mM of Mg2+, 0.05% of Tween 20 (WAKO), 2%
of Block Ace (Dainippon Pharmaceutical Co.), and 1 mL
of ice-cold water-saturated ether. The mixture was inverted
twenty times and centrifuged at 16100×g for 10 min at
4◦C, and then the organic ether phase was removed. The
water phase was washed with 1 mL of ether and mixed
with 200 μL of ice-cold selection buffer. The mixture was
applied on a column packed with prewashed anti-FLAG
M2 agarose (Sigma) and gently inverted for 2 h at 4◦C.
After washing the gel retaining the ribosome-protein-mRNA
(PRM) complex with 200 μL of selection buffer five times,
the mRNAs were eluted upon collapse of the RPM complexes
with 200 μL of an elution buffer (Phosphate-K, pH 7.2)
containing 92.2 mM of K+, 300 mM of Na+, 30 mM of EDTA,
0.05% of Tween 20, and 2% of Block Ace. The mRNAs
eluted were purified with an RNeasy MinElute Cleanup
Kit (QIAGEN) and amplified with a QIAGEN One-Step
RT-PCR Kit according to the manufacture’s protocol using
a forward primer with T7 promoter (underlined) and a
FLAG domain (bold) followed by a TAG amber stop codon
(italic) 5′-d(T AAT ACG ACT CAC TAT AGC CCG GCC
ACA ACG GCT GGG CTC TAG AAA TAA TTT TGT TTA
ACT TTA AGA AGG AGA TAT ACC A ATG GAC TAC AAG
GAT GAC GAT GAC AAG TAG)-3′ and a reverse primer
5′-d(TGG CGG AGA GAG GGG GAT TTG AAC CCC
CGG TAG AGT TGC C)-3′. The resulting RT-PCR products
were used for the next round of selection and, after three
(for anticodon-randomized tRNA) or five (for anticodon-
loop-randomized tRNA) rounds, were monocloned using a
PCR Cloning Kit (QIAGEN) and sequenced. Single-round
coupled transcription/translation under normal (noncom-
partmentalized) or compartmentalized conditions (referring
to Figure 1(b), lanes 1–4 or 5, resp.) was carried out using
400 pM of a template in 25 μL of a cell-free translation system
under otherwise identical conditions.

2.4. Preparation of Nonfused Template mRNAs for Western
Blotting. The first PCR was carried out in 20 μL of a reaction
mixture containing 4 pmol of a forward primer with a FLAG
domain (bold) with or without a TAG amber stop codon
(italic) 5′-d(AA GGA GAT ATA CCA ATG GAC TAC AAG
GAT GAC GAT GAC AAG [TAG] ATC AGT CTG ATT
GCG GCG TTA G)-3′, 4 pmol of a reverse primer with an
ochre stop codon (italic) 5′-d(TAT TCA TTA CCG CCG
CTC CAG AAT CT)-3’, 20 ng of pDHFR, 1.25 U of Pfu
Ultra HF DNA polymerase (Stratagene), 4 nmol each of
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Figure 1: (a) Schematic sequence of the tRNA-fused template with two T7 promoters. The triple N in red represents the anticodon- or
anticodon-loop-randomized region. (b) Agarose gel electrophoretic assay of the template DNAs recovered from tRNACUA-fused template
(lane 1), nonfused template lacking the tRNA domain (lane 2), a 1 : 1 mixture thereof (lanes 4, 5), or tRNACGA-fused template (lane 3), after
coupled transcription/translation under normal (noncompartmentalized) (lanes 1–4) or compartmentalized (lane 5) conditions.

dNTPs (TOYOBO), and 2 μL of 10×Pfu Ultra HF reaction
buffer. After the PCR reaction, the product was purified by
agarose gel electrophoresis. The second PCR was carried
out in 20 μL of a reaction mixture containing 4 pmol of a
forward primer with T7 promoter (underlined) 5′-d(GAA
ATT AAT ACG ACT CAC TAT AGG GAG ACC ACA ACG
GTT TCC CTC TAG AAA TAA TTT TGT TTA ACT TTA
AGA AGG AGA TAT ACC A)-3′, 4 pmol of a reverse primer
5′-d(TAT TCA TTA CCG CCG CTC CAG AAT CT)-3′,
∼20 fmol of the purified first PCR product, 1.25 U of Pfu
Ultra HF DNA polymerase, 4 nmol each of dNTPs, and
2 μL of 10×Pfu Ultra HF reaction buffer. Template mRNAs
were obtained by run-off transcription of the 5′-FLAG-
TAG-DHFR or 5′-FLAG-DHFR template DNA obtained
using a T7-MEGAshortscript Kit (Ambion). Thus, a T7-
transcription mixture (10 μL) containing 3 μL of the PCR
solution of template DNA was incubated at 37◦C for 2 h.
After addition of 1 U of DNase I, the mixture was incubated
for additional 15 min. mRNAs were purified with an RNeasy
MinElute Cleanup Kit (QIAGEN) and concentrations of the
purified specimens were determined by the absorbance at
260 nm.

2.5. Preparation of tRNASerU
L1L2XYZL3L4. E. coli

tRNASerU
L1L2XYZL3L4 was prepared by run-off in vitro

transcription. Template DNA was prepared by PCR in
20 μL of a reaction mixture containing 20 pmol of a
forward primer with T7 promoter (underlined) 5′-d(G
TAA TAC GAC TCA CTA TA GGA GAG ATG CCG GAG
CGG CTG AAC)-3′, 20 pmol of a reverse primer 5′-d(TGG
CGG AGA GAG GGG GAT TTG AAC CCC CGG TAG
AGT TGC C)-3′, 100 fmol of a template DNA (initial,
RT-PCR amplified, or monocloned), 1.25 U of Pfu Ultra
HF DNA polymerase (Stratagene), 10 nmol each of dNTPs
(TOYOBO), and 2 μL of 10×Pfu Ultra HF reaction buffer.
The resulting PCR solution was used for transcription using
a T7-MEGAshortscript Kit (Ambion) for 37◦C for 20 h. The
transcribed tRNAs were purified by denaturing PAGE (8%),

followed by ethanol precipitation and, after dissolution in
500 μL of water, further by passing successively through
Microcon YM-30 (Millipore) and G-25 Microspin Columns
(Amersham). Concentrations of the purified tRNAs were
determined by the absorbance at 260 nm.

2.6. Translation of mRNA and Western Blotting Analysis
with Exogenous tRNAs. Translation of a template mRNA
(5′-FLAG-UAG-DHFR or 5′-FLAG-DHFR as a UAG(−)
positive control) (2 μg) was carried out at 37◦C for 1 h in
the presence of an exogenous tRNA (2 μg) in 10 μL of a
reconstituted cell-free translation system, in which RF1 had
not been added, but Gln and Gln-tRNA synthetase had. To
the reaction mixture were added 165 μL of water and 175 μL
of a sample-loading buffer (125 mM Tris-HCl (pH 6.8), 4%
(w/v) SDS, 20% (w/v) glycerol, 0.002% (w/v) bromophenol
blue, and 10% (v/v) 2-mercaptoethanol). The resulting
solution was incubated at 95◦C for 5 min and applied
on 15% SDS-PAGE. Western blotting was performed on
a PVDF membrane (Hybond-P, Amersham). FLAG-tagged
proteins were visualized with anti-FLAG-HRP conjugate
(Sigma) and ECL Plus Western Blotting Detection Reagent
(Amersham). The suppression efficiencies were evaluated by
comparing the band intensities of the FLAG-TAG-DHFR
protein, determined by using the Image J software (NIH),
with those of serially diluted (10, 20, 40, 60, 80, 100%)
solutions of the stop-free FLAG-DHFR reference protein
translated under otherwise identical conditions.

3. Results and Discussion

We previously introduced Rt-RD [18], in which expressed
protein could be fully displayed upon suppression of the
stop codon(s) downstream of the open reading frame by
appropriate suppressor tRNAs. In this paper, we conversely
apply the Rt-RD technique for the selection of suppressor
tRNAs that are coded at the 3′-terminus of the very template
that contains the stop codon to be suppressed. We prepared
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Figure 2: Rt-RD/IVC-based selection/amplification cycle. See the text for explanation.

a dsDNA template containing, under the control of a T7
promoter, the RBS (ribosome binding site), the ATG start
codon, a FLAG domain, the TAG (amber) stop codon,
and a spacer (DHFR1–192) derived from the E. coli DHFR
gene covering the amino acids 1–64, followed by the tRNA
sequence together with its own T7 promoter (Figure 1(a)).
There are two T7 promoters in this template, transcription
of which thus generates two types of RNAs; the one that
contains both an RBS and an AUG serves as an mRNA, and
the other, which lacks them, serves only as a tRNA. When the
latter (tRNA) happens to suppress (read through) the amber
(UAG) stop codon in the transcribed mRNA, a fused protein
containing the FLAG, DHFR1–192, and tRNA regions would
result upon translation and remain attached to the mRNA
with the DHFR1–192-tRNA portion, serving as a spacer to be
anchored in the ribosome tunnel to squeeze the FLAG-tag
peptide for full display (Rt-RD; Figure 2).

We first confirmed that the right amber suppressor
(tRNASerU

CUA) generated in this way worked as such.
The anticodon-adjusted (CUA) tRNASerU is known to be
aminoacylated with Ser by endogenous Ser-tRNA synthetase
and hence suppress (read through) the amber codon with
concomitant incorporation of Ser at that position [18, 20].
Coupled transcription/translation for 1 h of the template
fused with the gene for tRNASerU

CUA (Figure 1(a), NNN
= CUA) in a reconstituted prokaryotic (E. coli) cell-free
translation system [19] containing T7 RNA polymerase was
followed by affinity selection (4◦C and [Mg2+] = 50 mM)
of the FLAG-tag peptide domain displayed (Rt-RD) in
the protein-ribosome-mRNA (PRM) complex. The mRNA

template coding the tRNASerU
CUA sequence was recovered

upon disruption of the ternary complex with EDTA, RT-
PCR amplified, and identified as such (Figure 1(b), lane 1).
However, the template was by no means recovered efficiently
when it was lacking (nonfused) the tRNA domain (lane 2)
or fused with anticodon-mismatched (CGA) natural tRNA
for Ser (NNN = CGA) (lane 3). (In respect to the weak spots
seen in lanes 2 and 3 (Figure 1(b)) , it is known that the stop
codons can be suppressed to some extent (up to several %)
in an RF1-minus translation system by misreading even in
the absence of a suppressor tRNA.) In these cases, there is no
generation of the correct tRNA for amber suppression and
hence translation stops at the amber (UAG) codon, giving
rise only to the FLAG peptide with no linkage to the genotype
(mRNA). Conversely, when equal amounts of nonfused
(suppression irrelevant) and tRNASerU

CUA-fused (relevant)
templates were used, both templates were recovered (lane 4)
(In respect to the apparently stronger spot for the nonfused
template in lane 4 (Figure 1(b)) , it is generally true that
shorter templates are more easily amplified by PCR.) This
is because suppressor tRNASerU

CUA generated from the latter
template can suppress the amber codon of the former. To
avoid such a crossover, we needed to compartmentalize the
reactions of each template using a water-in-oil emulsion
system [3–12]. With this technique (see below, Figure 2),
we could selectively recover the tRNASerU

CUA-fused template
coding the active suppressor tRNA (lane 5) from the above
mixture.

We then moved on to the selection of suppressor tRNAs.
The selection cycle is shown in Figure 2. An initial pool
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Figure 3: (a) Summary of selection/amplification of anticodon-randomized or anticodon-matched/anticodon-loop-randomized tRNAs for
Ser. The numbers of clones that possess the sequence shown are indicated in parentheses. (b) Western blotting analysis of the translation
of nonfused (tRNA-lacking) mRNA templates under normal (noncompartmentalized) conditions with (lanes 9–15) or without (lane 8)
tRNA; tRNASerU

CUA (lane 9), tRNASerU
CGA (natural tRNA for Ser, lane 10), anticodon-loop-randomized tRNASerU after 0, 3, or 5 rounds of

selection/amplification (lanes 11, 12, or 13, respectively), or anticodon-matched but singly loop-mutated tRNASerU (lanes 14 and 15). Lane
7 represents a control translation using amber-free mRNA with no use of tRNA as a positive control and lanes 1–7 are a calibration set.

(a) of fused templates (Figure 1(a), NNN = NNN with a
diversity of 43 = 64) with genes for anticodon-randomized
tRNASerU (Figure 3(a), left) was subjected to coupled tran-
scription/translation in a water-in-oil emulsion (b) [3–12].
Consequently, each compartment (∼2 μm) generates and
contains a pair of template-related sister RNAs, a fused
mRNA (shown as mRNA-tRNA) and a tRNA (c). The
whole protein, susceptible to Rt-RD in the form of a PRM
complex (step iv in d), can be translated (d) only when
the tRNA serves as an amber suppressor (steps i–iii in
d). The ternary complex thus formed was recovered by
affinity selection of the displayed FLAG tag after breaking
the emulsion and treated with EDTA to afford the active
tRNA-fused template mRNAs (e), which were purified and
amplified by RT-PCR back to the dsDNA templates (a), for
use in another selection cycle. The DNAs obtained after three
such cycles were monocloned and sequenced. The anticodon
of approximately one third of the 29 monocloned tRNAs
was CUA (Figure 3(a), center), which was the one expected
based on codon-anticodon complementarity. These results

indicate that the sensitive PRM complex survives the IVC and
workup conditions to allow the Rt-RD/IVC method to select
suppressor tRNAs.

Finally, we applied the Rt-RD/IVC method to the
engineering of the two-base loop regions adjacent to the
anticodon. These regions are variant in various tRNAs
but are believed to be important in stabilizing codon-
anticodon interactions [21]. Selection of fused templates
with genes of anticodon-matched (CUA) and anticodon-
loop-randomized (NN-CUA-NN with a diversity of 44 = 256)
tRNASerU (Figure 3(a), right) was carried out as above. DNA
templates recovered after five cycles were monocloned and
sequenced. Interestingly,∼40% of the 39 monocloned tRNAs
had the same loop sequence (CU-CUA-AA) as the natural
tRNA for Ser (CU-CGA-AA) even in the base modification-
free conditions (Figure 3(a)). These results indicate that
the anticodon-loop sequence itself has played a preserved
or sophisticated role in the evolution of tRNAs that now
have many modified bases (Since neither anticodon nor
anticodon-loop region is recognized by the serenyl-tRNA
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synthetase [22], the selected loop sequence may play a
role in stabilizing the interaction between the amber stop
codon and the suppressor anticodon.) [22, 23]. Suppression
efficiencies were evaluated by western blotting analysis using
the nonfused template lacking the tRNA domain in an
RF1-minus translation system under noncompartmentalized
conditions (Figure 3(b)). Enrichment of active tRNA became
notably pronounced after three rounds (lanes 11–13) (The
reason for the high suppression efficiency (∼80%) despite
the low percentage amounts of the active tRNASerU

CUA (10%
in round 3 and 38% in round 5) is that excess amounts
of tRNASerU

CUA were used in the experiments for western
blotting (Figure 3(b))) and the suppression efficiency of the
monocloned tRNACU−CUA−AA showed ∼100% activity (lane
9) compared with the suppression-free translation using a
UAG(–) reference template (lane 7). Interestingly, a single
mutation in the anticodon-loop domain led to a dramatic
loss of activity (lanes 14 and 15). This is in accord with the
above argument.

In summary, a concept for in vitro selection of suppressor
tRNAs is presented. An essential aspect of it is that tRNA
is a part of mRNA (mRNA-tRNA fusion), being located
downstream of the particular codon to be suppressed (the
amber stop codon in this study). Therefore, only active
tRNAs that can self-suppress the codon in a water-in-oil
compartment are susceptible to amplification by the read-
through ribosome-display technique.

Although the concept was well demonstrated, the present
method must be further optimized especially regarding the
selection efficiencies. Three or five rounds of selection were
required for enrichment from the small library sizes (n = 64
and 256). One possible reason for this low selection efficiency
is a misreading of stop codon in an RF1-minus translation
system, which would result in the recovery of false positive
tRNA-fused mRNAs. The misreading might be reduced by
coexisting small amounts of RF-1. Another reason is the
instability of RPM complex against extraction conditions.
Optimization of extraction conditions or the use of mRNA
display technique [24, 25] might overcome the instability. Of
course, compartmentalization conditions or mRNA/tRNA
ratios are also the factor to be checked.

Furthermore, it is not easy to understand that 10 clones
out of 39 (26%) had the CC-CUA-AA anticodon-loop
sequence after 5 rounds (Figure 3(a)), which turned out to
be completely inactive in suppression (Figure 3(b), lane 14).
Taking into account the fact that the CC-CUA-AA occupies
25% of pool even in round 3 in contrast to the less percentage
amounts of the active CU-CUA-AA sequence (10%), it is
feasible to speculate that the inactive CC-CUA-AA sequence
might be already abundant in the initial pool and/or has been
more easily amplified regardless of the selection process.

After sufficient improvements, the method may provide
a promising in vitro tool for tRNA evolutions.

Acknowledgments

The authors thank Dr. N. Doi of Keio University and Dr.
Y. Shimizu of RIKEN for advising as to IVC experiments
and for providing the plasmid pDHFR, respectively. A.

Ogawa acknowledges a fellowship from the JSPS. This work
was partly supported by The Sumitomo Foundation and
partially supported by “Special Coordination Funds for
Promoting Science and Technology” from the Ministry of
Education, Culture, Sports, Science and Technology, the
Japanese Government.

References

[1] D. S. Wilson and J. W. Szostak, “In vitro selection of functional
nucleic acids,” Annual Review of Biochemistry, vol. 68, pp. 611–
647, 1999.

[2] A. D. Griffiths and D. S. Tawfik, “Man-made enzymes—from
design to in vitro compartmentalisation,” Current Opinion in
Biotechnology, vol. 11, no. 4, pp. 338–353, 2000.

[3] D. S. Tawfik and A. D. Griffiths, “Man-made cell-like compart-
ments for molecular evolution,” Nature Biotechnology, vol. 16,
no. 7, pp. 652–656, 1998.

[4] N. Doi and H. Yanagawa, “STABLE: protein-DNA fusion
system for screening of combinatorial protein libraries in
vitro,” FEBS Letters, vol. 457, no. 2, pp. 227–230, 1999.

[5] M. Levy, K. E. Griswold, and A. D. Ellington, “Direct selection
of trans-acting ligase ribozymes by in vitro compartmentaliza-
tion,” RNA, vol. 11, no. 10, pp. 1555–1562, 2005.

[6] H. S. Zaher and P. J. Unrau, “Selection of an improved RNA
polymerase ribozyme with superior extension and fidelity,”
RNA, vol. 13, no. 7, pp. 1017–1026, 2007.

[7] Y. Zheng and R. J. Roberts, “Selection of restriction endonu-
cleases using artificial cells,” Nucleic Acids Research, vol. 35, no.
11, article e83, 2007.

[8] B. T. Kelly and A. D. Griffiths, “Selective gene amplification,”
Protein Engineering, Design and Selection, vol. 20, no. 12, pp.
577–581, 2007.

[9] M. Levy and A. D. Ellington, “Directed evolution of strepta-
vidin variants using in vitro compartmentalization,” Chemistry
and Biology, vol. 15, no. 9, pp. 979–989, 2008.

[10] Y. Chen, J. Mandic, and G. Varani, “Cell-free selection of RNA-
binding proteins using in vitro compartmentalization,” Nucleic
Acids Research, vol. 36, no. 19, article e128, 2008.

[11] T. Sumida, N. Doi, and H. Yanagawa, “Bicistronic DNA display
for in vitro selection of Fab fragments,” Nucleic Acids Research,
vol. 37, no. 22, Article ID gkp776, p. e147, 2009.

[12] Y. Tay, C. Ho, P. Droge, and F. J. Ghadessy, “Selection of
bacteriophage lambda integrases with altered recombination
specificity by in vitro compartmentalization,” Nucleic Acids
Research, vol. 38, no. 4, article e25, 2010.

[13] L. Wang and P. G. Schultz, “A general approach for the gener-
ation of orthogonal tRNAs,” Chemistry and Biology, vol. 8, no.
9, pp. 883–890, 2001.

[14] N. Kotlova, T. M. Ishii, E. I. Zagryadskaya, and S. V. Steinberg,
“Active suppressor tRNAs with a double helix between the D-
and T-loops,” Journal of Molecular Biology, vol. 373, no. 2, pp.
462–475, 2007.

[15] A. Frankel and R. W. Roberts, “In vitro selection for sense
codon suppression,” RNA, vol. 9, no. 7, pp. 780–786, 2003.

[16] H. Taira, T. Hohsaka, and M. Sisido, “In vitro selection of
tRNAs for efficient four-base decoding to incorporate non-
natural amino acids into proteins in an Escherichia coli cell-
free translation system,” Nucleic Acids Research, vol. 34, no. 5,
article e44, 2006.

[17] D. Lipovsek and A. Plückthun, “In-vitro protein evolution by
ribosome display and mRNA display,” Journal of Immunologi-
cal Methods, vol. 290, no. 1-2, pp. 51–67, 2004.



Journal of Nucleic Acids 7

[18] A. Ogawa, S. Sando, and Y. Aoyama, “Termination-free proka-
ryotic protein translation by using anticodon-adjusted E. coli
tRNASer as unified suppressors of the UAA/UGA/UAG stop
codons. Read-through ribosome display of full-length DHFR
with translated UTR as a buried spacer arm,” ChemBioChem,
vol. 7, no. 2, pp. 249–252, 2006.

[19] Y. Shimizu, A. Inoue, Y. Tomari et al., “Cell-free translation
reconstituted with purified components,” Nature Biotechnol-
ogy, vol. 19, no. 8, pp. 751–755, 2001.

[20] J. Normanly, T. Ollick, and J. Abelson, “Eight base changes
are sufficient to convert a leucine-inserting tRNA into a
serine-inserting tRNA,” Proceedings of the National Academy
of Sciences of the United States of America, vol. 89, no. 12, pp.
5680–5684, 1992.
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In an ATP-dependent reaction, the Escherichia coli RecG helicase unwinds DNA junctions in vitro. We present evidence of a unique
protein conformational change in the RecG helicase from an α-helix to a β-strand upon an ATP binding under dilute conditions
using circular dichroism (CD) spectroscopy. In contrast, under molecular crowding conditions, the α-helical conformation
was stable even upon an ATP binding. These distinct conformational behaviors were observed to be independent of Na+ and
Mg2+. Interestingly, CD measurements demonstrated that the spectra of a frayed duplex decreased with increasing of the RecG
concentration both under dilute and molecular crowding conditions in the presence of ATP, suggesting that RecG unwound the
frayed duplex. Our findings raise the possibility that the α-helix and β-strand forms of RecG are a preactive and an active structure
with the helicase activity, respectively.

1. Introduction

The double-stranded conformation of genomic DNA must
be unwound to provide single-stranded DNA (ssDNA)
intermediates required for DNA replication, recombination,
and repair. The ssDNA intermediates can adopt various
structures like junctions, G-quadruplex, and intramolecular
triplex [1–3]. In cells, the unwinding of double-stranded
DNA (dsDNA) is catalyzed by a class of ubiquitous enzymes
termed DNA helicases [4]. Helicases disrupt one or more
base pairs within the duplex DNA and then translocate vec-
torially to the next duplex region to repeat the process [5–9].
The helicase activity is cycled by the binding and hydrolysis
of an NTP through a number of energetic (conformational)
states that have different affinities for ssDNA and dsDNA
[10].

The structure of helicases plays a critical role in their
catalytic functions. Previously, it was reported that almost all
helicases appear to function as oligomers (usually dimers or
hexamers) [10]. Oligomerization provides multiple binding

sites necessary for DNA or RNA target recognition, inter-
action with accessory proteins, and ATP binding [5, 6].
RecG is a well-characterized helicase from Escherichia coli
that unwinds DNA junctions in vitro. Biochemical studies
revealed that RecG is active as a monomer [11]. It catalyzes
the interconversion of forks and junctions [1, 12, 13]. It
is necessary in cellular processes such as DNA replication,
recombination, and repair [5, 6]. The conversion of a replica-
tion fork into a Holliday junction requires the simultaneous
unwinding of the leading and lagging strands followed by the
reannealing of the two parental strands and the annealing of
the two nascent strands. There is no information available
on the relationship between the structural states of RecG and
its function. Any study to determine the mechanism of RecG
action must, therefore, be addressing the differences between
structural states of inactive and active forms of RecG.

Nucleic acids possess an intrinsic structural polymor-
phism critical in nucleic acid-nucleic acid, nucleic acid-
protein, and nucleic acid-drug interactions. The polymor-
phic properties are influenced not only by sequence but
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also by surrounding conditions. The structures adopted are
especially influenced by ionic properties like ion concentra-
tion, charge, and size [14–16]. Moreover, living cells contain
soluble and insoluble molecules such as proteins, nucleic
acids, saccharides, lipids, and metabolites that can alter the
stabilities of canonical and noncanonical nucleic acid struc-
tures [17]. The total concentration of biomolecules reaches
400 g L−1 in cells, leading to what is referred to as molecular
crowding [17, 18]. In the crowded intracellular environ-
ment, water activity decreases and hydration is unfavorable.
These crowded conditions stabilize the noncanonical DNA
structures such as triplexes and G-quadruplexes, whereas
they destabilize the duplex form [19, 20]. Elucidation of
the interactions between helicases and DNA substrates with
various structures is a very important step in understanding
the mechanism through which helicases bind and unwind
dsDNA. In this study, the structure and function of RecG
were investigated under diluted and crowded conditions
shedding light on how the structural properties of RecG
correlate with activity.

2. Materials and Methods

2.1. DNA Sequences. DNA oligonucleotides of high perfor-
mance liquid chromatography (HPLC) purification grade
were purchased from Hokkaido System Science (see
Table S1 in Supplementary Materials available online
at doi:10.1155/2012/392039). Single-strand concentrations
of the DNA sequences were determined by measuring
absorbance at 260 nm at a high temperature using a
Shimadzu 1700 spectrophotometer connected to a ther-
moprogrammer. Single-strand extinction coefficients were
calculated from mononucleotide and dinucleotide data using
the nearest neighbor approximation [21, 22].

2.2. Preparation of RecG. The gene encoding RecG was
amplified using KOD-Plus DNA polymerase (Toyobo) with
E. coli BL 21 genomic DNA as the template and the follow-
ing primers: primer-S (5′-ggaattccatatgaaaggtcgcctgttagatg-
3′) and primer-AS (5′-cccgctcgagtcatgcgttggagtaacgttc-3′).
Restriction enzyme sites for digestion and ligation are
underlined. The PCR products were inserted into the NdeI
and XhoI sites of the pET-26b vector (Merck). RecG was
expressed with a hexahistidine tag attached at the N-
terminus.

RecG was expressed in E. coli strain Rosetta2 (DE3)
at 28◦C in LB medium supplemented with 30 mg L−1

kanamycin and 34 mg L−1 chloramphenicol. To induce RecG
expression, isopropyl β-D-thiogalactopyranoside (IPTG)
was added to a final concentration of 1 mM when the optical
density of the cells reached approximately 0.6 at 600 nm.
The culture was shaken overnight at 28◦C. The procedure
for purification RecG was as follows: cells were suspended
in 20 mM Tris-HCl (pH 8.5), 100 mM NaCl, and membranes
were disrupted with a sonicator. The soluble fraction was
loaded onto a HiTrap HP column (GE Healthcare). RecG was
purified over a HisTrap HP column using buffer A (20 mM
Tris (pH 8.0) containing 100 mM NaCl) and buffer B (20 mM

Tris (pH 8.0) containing 2 M NaCl) and then a HiLoad
26/60 Superdex 200-pg column (GE Healthcare) using
buffer A (20 mM Tris (pH 8.0) containing 100 mM NaCl
and 5 mM imidazole) and buffer B (20 mM Tris (pH 8.0)
containing 500 mM NaCl and 1 M imidazole). Protein purity
was confirmed by SDS-PAGE.

2.3. Circular Dichroism Measurements. Circular dichroism
(CD) experiments were performed on a J-820 spectropo-
larimeter (Jasco) at 4◦C and 37◦C in a 0.1-cm path length
cuvette. Samples of 5 μM RecG were prepared in 30 mM MES
(pH 7.0) and 0.5 mM Na2EDTA containing 100 mM NaCl
or 100 mM NaCl and 1 mM MgCl2 or 5 mM MgCl2, with
and without 1 mM ATP and 0 wt% or 40 wt% poly(ethylene
glycol) with an average molecular mass of 200 (PEG 200).
The CD spectra shown are the average of at least three
scans from 200 to 350 nm. The temperature of the cell
holder was regulated by a temperature controller (PTC-348,
Jasco), and the cuvette-holding chamber was flushed with
a constant stream of dry N2 gas to avoid condensation of
water on the cuvette exterior. CD melting curves of RecG
were recorded at 222 nm in the presence of 30 mM MES
(pH 7.0) and 0.5 mM Na2EDTA containing 100 mM NaCl
or 100 mM NaCl and 1 mM MgCl2 or 5 mM MgCl2 and
0 wt% or 40 wt% PEG 200. To analyze the functional
activity of RecG, 1 μM frayed duplex DNA was titrated
with successive additions of 50 nM RecG and 0.1 mM ATP.
Samples were prepared in the presence of 30 mM MES
(pH 7.0) and 0.5 mM Na2EDTA containing 100 mM NaCl
or 100 mM NaCl and 1 mM MgCl2 or 5 mM MgCl2. Before
measurement, the frayed duplex DNA was heated to 95◦C,
gently cooled at a rate of 0.5◦C min−1, and incubated at 4◦C
overnight.

2.4. UV Melting Analysis. UV absorbance was measured
with the Shimadzu spectrophotometer equipped with the
temperature controller. Melting curves of DNA structures
were obtained by measuring the UV absorbance at 260 nm.
Samples were prepared in 30 mM MES (pH 7.0) and 0.5 mM
Na2EDTA containing 100 mM NaCl or 100 mM NaCl and
1 mM MgCl2 or 5 mM MgCl2. Before measurement, the
samples were heated to 95◦C, gently cooled at a rate of
0.5◦C min−1, and incubated at 4◦C overnight. Measurement
was performed using a 1-cm path length cuvette. The melting
temperature (Tm) values for DNA structures were obtained
from the UV melting curves as described previously [21, 22].
The heating rate was 0.5◦C min−1.

3. Results and Discussion

3.1. Structures of RecG under Dilute Conditions with and
without ATP. Firstly, we used CD spectroscopy to study
the structural states of RecG with and without ATP in the
presence of different cations (Na+, Mg2+, or both Na+ and
Mg2+) at 0 wt% and 40 wt% PEG 200, a neutral cosolute to
study systematically the effects of molecular crowding. RecG
was expressed in E. coli and purified by using ion exchange
chromatography and affinity chromatography followed by
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dialysis. Figure 1(a) shows CD spectra at 4◦C or 37◦C of 5 μM
RecG in the presence of 100 mM Na+ with or without ATP
at 0 wt% PEG 200. The CD spectra without ATP displayed
a positive peak at 198 nm and negative peaks at 208 nm and
220 nm, which are characteristic of an α-helix [23]. In the
presence of 1 mM ATP, the CD spectra of RecG had a positive
peak at 195 nm and a negative peak at 225 nm. These CD
signatures are in agreement with formation of a β-strand
structure [23].

The crystal structure of Thermotoga maritime RecG
reveals three structural domains [24] (Figure S1). The largest
domain (domain 1) is at N-terminus, which forms a long α-
helix and a β-strand [25]. Domains 2 and 3 are referred to
as helicase domains. The C-terminal residues of the protein
extend from the end of domain 3 and cross-back to contact
domain 1, forming a hook that wraps around the extended α-
helix, which provides a nucleotide binding site [24]. Recently,
the structure of E. coli RecG was modeled based on the
coordinates of Thermotoga maritime RecG usingSwiss-Pdb
Viewer [26]. Apart from the missing N-terminal sequences
that form a separate fold in the Thermotoga maritime
RecG, the E. coli RecG structure is essentially identical [27].
Morikawa suggested that the insertion before the helicase
core in the RecG sequence compared to the Thermotoga
maritime RecG contributes to the specific recognition of
the branched DNA structure by E. coli RecG [28]. The
β-strand in the insertion domain recognizes the junction
through a stacking interaction with several aromatic residues
in RecG [24] (Figure S1). Thus, the α-helix and the β-
strand structures observed by the CD measurements likely
correspond to the ATP binding domain and the DNA
junction recognition structure, respectively.

We also measured the CD spectra of RecG as a func-
tion of ATP concentration from 0 mM to 1 mM under
physiologically relevant ionic conditions (100 mM NaCl and
1 mM MgCl2) at 37◦C (Figure S2a). The CD spectra of
RecG without ATP displayed a positive peak at 196 nm
and negative peaks at 210 nm and 222 nm that remained
unchanged at ATP concentrations below 0.17 mM. At ATP
concentrations from 0.34 mM to 1 mM, the CD spectra
gradually shifted to a positive peak at 216 nm and a negative
peak at 228 nm. Figures S2b and S1c show the plots of molar
ellipticity at 210 nm and 225 nm, respectively, obtained
from CD spectra versus increasing ATP concentration. The
appearance of biphasic curves at 210 nm and 225 nm further
confirms the structural transition. The difference of the
transition points at 210 nm and at 225 nm might indicate
that the dependency on ATP is different between the α-helix
and the β-strand conformations. These CD results clearly
indicate that the α-helix to β-strand transition in RecG
depends on the ATP concentration.

3.2. Structures of RecG under Molecular Crowding Conditions
with and without ATP. We also explored the effect of ATP
binding on RecG under similar ionic conditions and a molec-
ular crowding condition of 40 wt% PEG 200 (Figure 1(b)).
CD spectra displayed positive peaks at 190 nm and 198 nm
and negative peaks at 208 nm and 220 nm in the absence of
ATP. In contrast to the spectra under the diluted conditions,

no significant differences were observed in the CD spectra
in the presence of 40% PEG 200 even after the addition
of ATP, indicating that α-helix structure was dominant. In
100 mM NaCl and 1 mM MgCl2 (Figures S3a and S3b) or
5 mM MgCl2 (Figures S3c and S3d) at 0 wt% or 40 wt% PEG
200, we observed that RecG without ATP folded into α-
helical conformation, whereas it was converted into the β-
strand conformation after the addition of ATP. This result
is identical to the result obtained with 100 mM Na+ only,
indicating that under dilute conditions the binding of ATP
to RecG regulates the structural transition from an α-helix to
β-strand independent on the nature of cation. On the other
hand, the cell-mimicking molecular crowding condition
favored the folding of RecG into the α-helical conformation
even in the presence of ATP. Previous studies have shown
that molecular crowders can stabilize the native state of a
protein [29, 30], promote a oligomerization [31, 32], shift an
open-closed equilibrium toward a closed form as a substrate-
binding state [17], and affect a folding rate of protein [33–
35]. Protein-folding variants are proposed to have key roles
in a number of pathophysiological processes [36–40]. In view
of published results that support the hypothesis that molec-
ular crowding conditions are more relevant to the conditions
in cells than dilute conditions, the ATP-independence of the
RecG folding may have biological significance.

3.3. Thermal Stability of RecG under Dilute Conditions with
and without ATP. To investigate in detail the structural
changes induced in RecG upon ATP binding, we explored
the thermal stability of RecG using CD melting at 222 nm.
Normalized CD melting curves of 5 μM RecG in the presence
of 100 mM Na+ (Figure S4a), 100 mM Na+ and 1 mM Mg2+

(Figure S4b), or 5 mM Mg2+ (Figure S4c) in the absence
and presence of 1 mM ATP were recorded. A single melting
transition was observed in all the conditions. The estimated
values of melting temperature T1/2 (the temperature at which
50% of a protein sample is denatured) are given in Table
S2. Addition of ATP stabilized the RecG by 3◦C, 3.5◦C and
1◦C in the presence of 100 mM Na+, 100 mM Na+ and 1 mM
Mg2+, or 5 mM Mg2+, respectively. Close internal packing of
the backbone atoms in β-strand structures of RecG optimizes
van der Waals interactions and minimizes energetically
unfavorable hydrophobic interactions between nonpolar
protein groups and water molecules in the environment [41].
Collectively, these factors help to reduce the net free energy
of the β-strand and thereby increase its stability. Our results
suggest that RecG adopts its active functional structure after
ATP binding to facilitate the process of unwinding of nucleic
acid substrate, because ATP bindings play an important role
in the functional activity of various proteins [42–45].

3.4. Thermal Stability of RecG under Molecular Crowding Con-
ditions with and without ATP. In the absence of ATP, RecG
was stabilized by 2◦C, 1.0◦C, and 2.5◦C in the presence of
100 mM Na+, 100 mM Na+ and 1 mM Mg2+, or 5 mM Mg2+

respectively at 40 wt% PEG 200 in comparison to 0 wt%
PEG 200. Furthermore, addition of ATP thermally stabilized
the RecG at 40 wt% PEG 200, and RecG was maximally
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Figure 1: CD spectra of 5 μM RecG. Measurements were carried out in 30 mM MES buffer (pH 7.0) containing 100 mM Na+ and
0.5 mM Na2EDTA (a) at 0 wt% PEG 200 without ATP at 4◦C (black) and 37◦C (green), or with 1 mM ATP at 4◦C (red) and 37◦C (blue), and
(b) at 40 wt% PEG 200 without ATP at 4◦C (black) and 37◦C (green), or with 1 mM ATP at 4◦C (red) and 37◦C (blue), respectively.
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Figure 2: A nucleotide target sequence of frayed duplex.

stable (T1/2 = 50◦C) at 40 wt% PEG 200 in the presence
of ATP. Folded proteins usually have hydrophobic cores and
charged or polar side-chains occupy the solvent-exposed
surface. Minimizing the number of hydrophobic side chains
exposed to water is an important driving force behind the
folding process [46]. Formation of intramolecular hydrogen
bonds provides another important contribution to protein
stability [47]. The strength of hydrogen bonds depends
on their environment, thus hydrogen bonds enveloped in
a hydrophobic core contribute more than hydrogen-bonds
exposed to the aqueous environment [48]. Under molecular
crowding conditions, low water activity may induce the inter-
domain rearrangement in RecG to allow formation of the α-
helix containing a hydrophobic core. The α-helix form was
stabilized by 2◦C (T1/2 = 50◦C) at 40 wt% PEG 200 than at
0 wt% PEG 200 (T1/2 = 48◦C) in the presence of 5 mM Mg2+.

3.5. Thermal Stability of Frayed Duplex under Dilute and
Molecular Crowding Conditions. We designed a 62-mer DNA
oligonucleotide to form a frayed DNA duplex containing
noncomplementary arms and a stem region (Figure 2). This
arrangement of bases within the target duplex mimics that of
a replication fork. The single-stranded non-complementary
arms should facilitate the binding of RecG. The enzyme
should then translocate to the dsDNA to allow the strand
separation with a 3′–5′ polarity. The ssDNA extension was
introduced at the 5′ end to stimulate the activity of RecG on
the strand opposite to that used for the primary contact of
RecG.

We first measured the stability of frayed duplex by
recording the UV melting of 1 μM DNA duplex in the
presence of 100 mM Na+ (Figure S5a), 100 mM Na+ and
1 mM Mg2+ (Figure S5b), and 5 mM Mg2+ (Figure S5c) at
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Figure 3: CD spectra of 1 μM DNA frayed duplex. Measurements were carried out at 37◦C in 30 mM MES buffer (pH 7.0) containing
100 mM Na+, 0.5 mM Na2EDTA, RecG (0 nM) and ATP (0 mM) (black), RecG (50 nM) and ATP (0.1 mM) (red), RecG (100 nM) and ATP
(0.2 mM ) (green), RecG (150 nM) and ATP (0.3 mM, blue), RecG (200 nM) and ATP (0.4 mM, cyan), and RecG (250 nM) and ATP (0.5 mM)
(pink), at (a) 0 wt% PEG 200 and (b) 40 wt% PEG 200.

0 wt% or 40 wt% PEG 200. We observed two transitions
for the thermal melting of the frayed duplex. The lower
temperature transition could be due to the intramolecular
interaction of the bases constituting the arm region of the
frayed duplex. The higher-temperature transition could be
due to the melting of the stem region. In the absence of PEG
200, the mid-points of the higher-temperature transitions
were 70◦C, 71◦C, and 72◦C in the presence of 100 mM Na+,
100 mM Na+ and 1 mM Mg2+, and 5 mM Mg2+, respectively.
In 40 wt% PEG 200, the higher-temperature transitions in
the presence of 100 mM Na+, 100 mM Na+ and 1 mM Mg2+,
and 5 mM Mg2+ were 65◦C, 66◦C, and 66◦C, respectively. To
confirm the higher melting transition due to stem region,
we have also recorded the stability of stem region of frayed
duplex by recording the UV melting of 1 μM DNA duplex
in the presence of 100 mM Na+ (Figure S5a), 100 mM Na+

and 1 mM Mg2+ (Figure S5b), and 5 mM Mg2+ (Figure
S5c) at 0 wt% or 40 wt% PEG 200. We observed single
transition for the thermal melting of the stem region of
frayed duplex which confirms that upper transition in frayed
duplex is due to the intermolecular structure (Figure S6).
In the absence of PEG 200, the mid-points of the higher-
temperature transitions were 74◦C, 74.5◦C, and 74.5◦C in the
presence of 100 mM Na+, 100 mM Na+ and 1 mM Mg2+, and
5 mM Mg2+, respectively. In 40 wt% PEG 200, the higher-
temperature transitions in the presence of 100 mM Na+,
100 mM Na+ and 1 mM Mg2+, and 5 mM Mg2+ were 74◦C,
67◦C and 66◦C, respectively. The decrease in the T1/2 values
under molecular crowding conditions is in good agreement
with previous reports of DNA duplex stabilities in molecular
crowders [49].

3.6. Functional Activity of RecG under Dilute Conditions. The
CD spectrum of the DNA in the presence of 100 mM Na+

without PEG 200 was characterized by a positive peak at
275 nm and negative peaks at 211 nm and 247 nm, a spec-
trum typical of the B-form conformation [50] (Figure 3).
We then added RecG and ATP to the DNA. At 50 nM RecG
and 0.1 mM ATP, we observed a decrease in intensity of the
positive peak at 275 nm and a red shift such that negative
peaks were located at 215 nm and 250 nm (Figure 3(a)).
There was no signal from RecG due to the low concentration.
Spectra were recorded after successive additions of RecG
and ATP, and after each addition we observed a decrease
in intensity of the positive peak. At 250 nM RecG and
0.5 mM ATP, there was complete loss in original B-form
conformation of the DNA, indicating unwinding of the
duplex. Previous report described the role of RecG in the
processing of stalled replication forks, and acted by reversing
the fork past the damage to create a four-way junction that
allows template switching and lesion bypass [24]. It has
also been reported that RecG unwinds both the leading and
lagging strand duplex arms of a three-way junction and the
unwinding of these arms was found to be coordinated [24].
In our study, as frayed duplex contains only single-stranded
long overhangs at both the terminus, therefore, we propose
that RecG should bind to the frayed duplex (as it mimics the
replication fork) and should convert the duplex into single
strands. Therefore, to confirm the same we have recorded the
CD spectra of single stands constituting the frayed duplex
under dilute and molecular crowding conditions (Figure
S7). The CD spectrum of each single strand of frayed
duplex in the presence of 100 mM Na+, 100 mM Na+ and
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1 mM Mg2+, and 5 mM Mg2+ with and without PEG 200
was characterized by a positive peak at 274 nm and negative
peaks at 244 nm. These CD signatures indicate that each
single strand of the frayed duplex folds into typical of the B-
form conformation due to the formation of intramolecular
structure. To better understand the structures of frayed
duplex after unwinding by RecG, secondary structures of
single strands were predicted using M-fold [51, 52]. The
monomers of frayed duplex showed 3 short complementary
stems with a varying number of bases in loops along with
short dangling ends at opposite terminus in each strand
(Figure S8). When CD spectra were recorded after successive
additions of RecG and ATP, and after each addition, we
observed a decrease in intensity of the positive peak (Figure 3
and Figure S9). At 250 nM RecG and 0.5 mM ATP, there was
complete loss in original B-form conformation of the DNA,
indicating unwinding of the duplex into single strands solely
due to the enzymatic activity of RecG in the presence of ATP.
Earlier studies indicated that the substrate specificity of RecG
was critically dependent on the concentrations of ATP and
MgCl2, and under certain conditions, RecG preferentially
unwound three strand junctions of DNA [1, 11]. Here, we
observed functional activity of RecG in the presence of Na+

and absence of Mg2+.
Next, we recorded the CD spectra in the presence

of 100 mM Na+ and 1 mM Mg2+ (Figure S9a) and in
100 mM Na+ and 5 mM Mg2+ (Figure S9b) without PEG 200.
We observed an overall decrease in CD ellipticity at 273 nm
that shifted to 283 nm after the successive additions of RecG
and ATP, although the extent of decrease of the positive peak
was observed to be less than that observed without Mg2+.
These results clearly indicate that the functional activity
of RecG was not dependent on the nature of the cations.
A recent paper showed that the conformational change of
the DNA-binding domain of hel308 helicase, which is a
member of the same superfamily-2 helicase family as RecG,
is coordinated by the ATP binding [53]. As we observed a
structural transition from an α-helix to β-strand upon ATP
binding under dilute conditions (Figure 1(a)) and functional
activity under the same conditions, we propose that the β-
strand structure is the conformation of RecG that unwinds
our DNA substrate under dilute conditions. The β-strand
structure could function as a “helix opener” by actively
disrupting base pairs of a frayed DNA duplex, and this may
be the basis of recognition of DNA junctions.

3.7. Functional Activity of RecG under Molecular Crowding
Conditions. To evaluate the effect of molecular crowding,
we repeated our analysis of the activity of RecG in solution
containing 40 wt% PEG 200. The CD spectra of the DNA
were measured in 100 mM Na+ (Figure 3(b)), 100 mM Na+

and 1 mM Mg2+ (Figure S9c), and 5 mM Mg2+ (Figure S9d)
in 40 wt% PEG 200. Of note, the conformation of the frayed
duplex is different in 40 wt% PEG 200 than in 0 wt% PEG
200, as mentioned above stability of the frayed duplex was
found to be lower under molecular crowding conditions than
under dilute conditions. In 100 mM Na+ in the presence of
the crowding agent, the positive peak at 275 nm shifted to
288 nm after the successive addition of 50 nM RecG and

0.1 mM ATP. This indicates the catalytic activity of RecG
under molecular crowding conditions is different from that
under the dilute conditions.

Similar decreases in intensities of the positive peak at
275 nm and the negative peaks at 221 nm and 247 nm were
observed when RecG and ATP were added to the frayed
duplex in the presence of 100 mM Na+ and either 1 mM Mg2+

or 5 mM Mg2+ and 40 wt% PEG 200 (Figures S9c and S9d).
These CD results clearly indicate that RecG unwound the
frayed duplex both under dilute and molecular crowding
condition independent on the nature of cations, although it
is quite possible that the extent of unwinding of frayed duplex
and catalytic efficiency of RecG may depend on the nature of
cation.

3.8. Possible Relationship between the Structure and the
Function of RecG. In the absence of crowder and in the
presence of ATP, RecG was converted from an α-helix form
to a β-strand form. Under the crowding conditions, on the
other hand, RecG remained in α-helix form even when ATP
was added. The ATP binding site of RecG is in domains 2
and 3 which both have α-helical conformations [25]. It has
been reported that the SecA helicase, which has homologous
structure and function to RecG undergoes a transition to
an α-helix form upon ATP binding [54]. Therefore, the
α-helix form of RecG is likely essential for ATP binding.
The conformational change to β-strand form observed in
this study may suggest a transition to the active DNA-
binding form of RecG. Based on our results, we propose
that the β-strand form observed under diluted conditions
is the active structure for binding and unwinding of DNA,
whereas the α-helix form observed under the crowded
conditions is the preactive structure that stably binds ATP.
The different unwinding activities observed may be due to
the interdomain flexibility of RecG, which allows substantial
conformational changes imparting the ability to recognize
more than one DNA structure. Furthermore, our results can
provide significant information to explore and design the
small ligands regulating the RecG helicase activity with a
molecular crowding condition.

4. Conclusion

The data presented in this study emphasize some important
points. Firstly, the secondary structures of RecG were
different with and without a molecular crowding agent,
PEG 200. The structural transition from α-helix to β-strand
observed under the dilute conditions depended solely on
the binding of ATP and not on the nature of cations present
in solution. The molecular crowding conditions favored the
folding of RecG bound to ATP into an α-helical structure.
This may be a consequence of hydration. Secondly, the
frayed duplex was unwound by RecG under dilute and
molecular crowding conditions, indicating that the β-strand
conformation may be the active structure of RecG, with the
α-helix form the pre-active structure of RecG. Molecular
crowding conditions played a critical role in the functional
structure of RecG, and our data suggest the reason for
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the observed differences in the unwinding activity in vivo
and in vitro. We are currently working to determine the
binding stoichiometry of ATP with RecG and to quantify
functional activity of RecG under dilute and molecular
crowding conditions on various DNA substrates.
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