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Mitochondria are multifunctional organelles, and their struc-
tural and functional integrity is fundamental to cell life. In
addition to their critical role in the production of ATP via
oxidative phosphorylation and biosynthetic intermediates,
mitochondria are also a major hub for cellular Ca2+ signaling.
Moreover, mitochondria can actively or passively drive cellu-
lar demise. They can become the major source of reactive
oxygen species (ROS) in pathological and physiological
processes, and they are highly vulnerable to damage. Mito-
chondria represent a point of convergence for a variety of
upstream cell death stimuli and undergo structural and func-
tional remodeling with subsequent transmission of signals to
downstream executioner proteins. The pathways include
death stimuli such as dioxygen, metabolic perturbation, dep-
rivation of survival factors, oxidative stress, Ca2+ overload,
DNA damage, proteotoxic stress, and oncogene activation.

In this special issue, we provide the readership of this
journal with a variety of examples of the importance of mito-
chondria in both physiological and pathological events, the
underlying mechanisms, and how mitochondrial dysfunc-
tion can be targeted.

In the current issue, several articles focus on mitochon-
drial dysfunction in different disorders. The article by G.
Rigotto and E. Basso provides an excellent review on the role
of mitochondrial dysfunction in metabolic disorders such as
Alzheimer’s disease, diabetes, and obesity. This insight is

complemented by the eminent review of M. L.-H. Huang
et al. on the role of the antioxidant response in mitochondrial
dysfunction in degenerative diseases and the comprehensive
overview of S. Li et al. discussing the role of mitochondria-
derived damage-associated molecular patterns (mtDAMPs)
in sepsis. The role of mitochondrial permeability transition
in mitochondrial disorders with particular emphasis on the
mitochondrial FoF1-ATP synthases as the fundamental pore
in the mitochondrial inner membrane is highlighted in the
extensive review by J. Šileikytė and M. Forte. This channel
is activated (among other effectors) by the increase in Ca2+

concentration in mitochondria. Linked to the Ca2+ impor-
tance in mitochondria, the original work by V. Granatiero
et al. provides the first evidence that the upregulation of the
Ca2+ mitochondrial uniporter (MCU) in the brain cortex
in vivo causes neuronal death. The article by S. Manna
et al. summarizes the current knowledge of placental ageing
in adverse pregnancy outcomes associated with preeclamp-
sia. L. P. Thompson et al. report that chronic intrauterine
hypoxia leads to mitochondrial dysfunction resulting in
increased vulnerability to cardiovascular disease in males
compared to females, whereas the study by F. L. Sheeran
et al. finds upregulation of the mitochondrial pyruvate
dehydrogenase (PDH) in end-stage human heart failure,
a multienzyme complex at the nexus of glycolytic and Krebs
cycles, and affords the severely failing left ventricle crucial
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capacity to utilize glucose-dependent energy production in
the face of dwindling energy options. A case report presented
by M. De Luise et al. find that mitochondrial respiration
impairment is associated with dysfunctional HIF1α by
hyperhydroxylation in renal oncocytoma. S. Gonnissen
et al. report that high concentrations of low-density lipopro-
tein (LDL) impair endothelial cell function caused by a
decrease in active nitric oxide synthase 3. This leads to dys-
regulation of mitochondrial transcription and reduced ATP
content and migratory capacity.

Another area of research that is presented is the preven-
tion and treatment of mitochondrial dysfunction. T.-K. Lin
et al. report bioenergetic therapeutic effects through transfer
of healthy mitochondria by Wharton’s jelly mesenchymal
stem cells to human fibroblasts harboring a mitochondrial
DNA defect, whereas Y. Xin et al. demonstrated that in the
hypertrophic heart, the inhibition of mitofusin 2 promotes
cardiac fibroblast activation. In a human cell line, the biosyn-
thesis of coenzyme Q and ATP production can be recovered
by treatment with vanillic acid, an oxidation product of the
nontoxic compound vanillin, as shown by M. J. Acosta Lopez
et al. In a study by O. Lozano et al., preservation of mitochon-
drial function and ATP synthesis during oxidative stress can
be achieved in rat ventricular myoblast H9C2 cells by the
delivery of the encapsulated antioxidant quercetin using
nanoparticle technology. The report by Y. Jiao et al. shows
that activation of the nuclear factor erythroid 2-related factor
2 (Nrf2), which regulates the gene expression of antioxidative
enzymes, protects against mitochondrial damage and dys-
function caused by dental resin monomers. In addition,
modulation of histone deacetylase 2 offers a protective effect
in acute liver failure by altering mitochondrial apoptosis
shown in the study by Y. Wang et al.

Intracellular physiological and pathological signaling
pathways are highly orchestrated and integrated at the
molecular level with mitochondria. The review by S. Feno
et al. highlights the crosstalk between calcium and ROS with
focus on the contribution of the mitochondrial calcium
uniporter to cardiovascular, skeletal muscle, and neurode-
generative diseases. Moreover, the review by G. Gherardi
et al. elucidates the crosstalk between autophagy and mito-
chondrial Ca2+ uptake in the skeletal muscle. J. R. Huertas
et al. discuss the benefits of exercise-induced mitochondrial
adaptations emphasizing the importance of mitochondrial
biogenesis, morphological changes, and increases in respira-
tory supercomplex formation. A new insight into the lym-
phocyte granzyme B cell death pathway via mitochondrial
entry triggering ROS-dependent cell death is provided by
D. Martinvalet. The essential role in cellular metabolism
and the detrimental consequences of malfunction of mito-
chondrial F-ATP synthase are discussed at a subcellular level
in the extensive review of G. Lippe et al.

In conclusion, the articles presented in this special issue
describe the importance of proper mitochondrial function
for healthy organ and organism performance and highlight
that mitochondrial dysfunction takes the center stage in an
ever-increasing number of pathologies. An understanding
of the mechanisms leading to pathology is informing the
development of therapy for this vital organ.
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Neurodegenerative diseases are a large and heterogeneous group of disorders characterized by selective and progressive death of
specific neuronal subtypes. In most of the cases, the pathophysiology is still poorly understood, although a number of
hypotheses have been proposed. Among these, dysregulation of Ca2+ homeostasis and mitochondrial dysfunction represent two
broadly recognized early events associated with neurodegeneration. However, a direct link between these two hypotheses can be
drawn. Mitochondria actively participate to global Ca2+ signaling, and increases of [Ca2+] inside organelle matrix are known to
sustain energy production to modulate apoptosis and remodel cytosolic Ca2+ waves. Most importantly, while mitochondrial
Ca2+ overload has been proposed as the no-return signal, triggering apoptotic or necrotic neuronal death, until now direct
evidences supporting this hypothesis, especially in vivo, are limited. Here, we took advantage of the identification of the
mitochondrial Ca2+ uniporter (MCU) and tested whether mitochondrial Ca2+ signaling controls neuronal cell fate. We
overexpressed MCU both in vitro, in mouse primary cortical neurons, and in vivo, through stereotaxic injection of MCU-coding
adenoviral particles in the brain cortex. We first measured mitochondrial Ca2+ uptake using quantitative genetically encoded
Ca2+ probes, and we observed that the overexpression of MCU causes a dramatic increase of mitochondrial Ca2+ uptake both at
resting and after membrane depolarization. MCU-mediated mitochondrial Ca2+ overload causes alteration of organelle
morphology and dysregulation of global Ca2+ homeostasis. Most importantly, MCU overexpression in vivo is sufficient to
trigger gliosis and neuronal loss. Overall, we demonstrated that mitochondrial Ca2+ overload is per se sufficient to cause
neuronal cell death both in vitro and in vivo, thus highlighting a potential key step in neurodegeneration.

1. Introduction

Ca2+ is the key intracellular messenger that regulates
neuronal functions. Changes in cytosolic Ca2+ concentration
([Ca2+]) are controlled by either influx from the extracellular
space (triggered by the opening of voltage- or ligand-gated
Ca2+ selective channels) or release from the intracellular store
such as the endoplasmic reticulum (through the IP3 or rya-
nodine receptors). The spatiotemporal patterns of cytosolic
Ca2+ signals are strongly shaped by both proteins that bind
and transport Ca2+ as well as by intracellular organelles,
especially mitochondria. Thanks to their highly negative
membrane potential, mitochondria can rapidly accumulate
large amount of Ca2+ through a highly selective, ruthenium
red-sensitive channel named mitochondrial Ca2+ uniporter

(MCU) [1–3]. Accordingly, mitochondria can act as Ca2+

sponges and buffer either local or global increases in cytosolic
[Ca2+]. Inside the organelle matrix, Ca2+ plays a pleiotropic
role, since mitochondrial Ca2+ is a priming signal that
can control many organelle features, including morphology,
energy supply, ROS production, and cell death [4, 5].
Although only in few familial diseases the affected genes
encode for proteins directly involved in Ca2+ homeostasis,
there are many pathological conditions in which the defect
is not primarily concerned with Ca2+ handling but their phe-
notypic manifestations are thought to depend on alterations
of cellular [6] or mitochondrial [7] Ca2+ homeostasis. In this
scenario, the situation of the neurodegenerative diseases is
particularly telling and challenging at the same time. In most
of the cases, they are sporadic disorders of unknown cause,
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although a subset of cases are genetically inheirited, thus
representing an ideal model to study disease mechanism, at
least in principle. However, genetic forms of Alzheimer’s
and Parkinson’s diseases (AD and PD, respectively) are due
to mutations in a variety of conceptually distant molecular
elements (proteases, such as the presenilins; kinases, such
as PINK1 and LRRK2; ubiquitin-ligases, such as Parkin;
redox-sensitive chaperones, such as DJ-1), all converging
in mitochondrial dysfunction as the cellular trigger of
neuronal cell death. In this complex scenario, further com-
plicated by a highly debated literature, a link can be traced
with mitochondrial Ca2+ overload as a potential common
pathway of the pathogenic route. In the case of familial
forms of AD, some pathogenic mutations have been
clearly linked to the impairment of cellular Ca2+ homeo-
stasis [8, 9]. While in the last decades, a general consensus
emerged supporting the hypothesis that an excessive Ca2+

accumulation into mitochondrial matrix, probably con-
comitantly with other toxic insults, may initiate the release
of proapoptotic factors from mitochondria that eventually
lead to cell death [5]. Until now direct evidences support-
ing mitochondrial Ca2+ overload as a trigger of neuronal
cell death in vivo are still lacking. Only few studies have
addressed the role of MCU in neurons. Hardingham and
coworkers convincingly showed that MCU levels nicely
correlate with NMDA sensitivity in primary hippocampal
neurons [10] and that the transcription of MCU complex
components is controlled by neuronal activity [11]. Similar
results have also been obtained in cerebellar granule neu-
rons exposed to oxidative stress [12]. Here, we investigated
the specific role of mitochondrial Ca2+ overload, induced
by MCU overexpression, in the neuronal degeneration.
We show that neurons are extremely sensitive to mito-
chondrial Ca2+ overload-mediated cell death both in vitro
and in vivo. Overall, our data suggest that exagerated
mitochondrial Ca2+ uptake plays per se a pivotal role in
priming neurodegeneration.

2. Materials and Methods

2.1. Culture and Transfection of Mouse Primary Cortical
Neurons. All experiments were performed on primary corti-
cal neurons from p0-p2 newborn C57Bl/6J mice. Briefly,
the brain cortex of newborn mice were isolated using a
stereomicroscope and digested with trypsin at 37°C. After
two digestion steps, cells were counted and seeded on poly-
L-lysine-coated glass coverslips. Neurons were cultured in
MEM (Thermo Fisher Scientific), supplemented with 10%
horse serum (Thermo Fisher Scientific), N2 supplement
(Thermo Fisher Scientific), B27 supplement (Thermo Fisher
Scientific), sodium pyruvate (Thermo Fisher Scientific),
biotin, glucose, L-glutamine, penicillin, and streptomycin for
5 DIV before transfection or infection. Neurons were trans-
fected with Lipofectamine 2000 (Thermo Fisher Scientific),
according to the manufacturer’s instruction. Experiments
were carried out 24 hours after transfection. All chemicals
were purchased from Sigma-Aldrich, unless otherwise spec-
ified. The pcDNA3.1-MCU-flag expression construct was
described in [2].

2.2. Ca2+ Imaging. In depolarization-induced Ca2+ dynamic
measurements, mouse primary cortical neurons at 5 DIV
were cotransfected with 4mtD1cpV as probe [13], and with
either empty pcDNA3.1 vector as control or pcDNA3.1-
MCU-flag for the MCU overexpression. 24 hours after trans-
fection, primary neurons were mounted in an open-bath
custom-made imaging chamber and maintained in KRB (in
mM: 135 NaCl, 5 KCl, 1 MgSO4, 0.4 K2HPO4, 20 HEPES, 1
CaCl2, pH = 7:4). Cells were then stimulated by perfusing
an isosmotic-modified KRB containing 50mM KCl (NaCl
concentration was decreased accordingly). At the end of each
experiment, ionomycin (5 μM) (dissolved in a Ca2+-free KRB
containing 500μM EGTA) was first applied to completely
discharge the stores (Rmin). Then, a saturating CaCl2 concen-
tration (5mM) is added (Rmax), in order to verify the
dynamic range of the probe. Analysis was performed with
the Fiji distribution of ImageJ [14]. CpVenus and CFP
images were subtracted of background signals and distinctly
analyzed after selecting proper regions of interest (ROIs) on
each cell (identified based on their morphology). The ratio
between cpVenus and CFP emission was calculated (R).
Alternatively, data are shown as normalized fold change of
the ratio (ΔR/R0), where R0 is the ratio at the beginning of
the measurement. Data and sample size are provided in
Table 1. Cells expressing the fluorescent probes were ana-
lyzed using an inverted Zeiss Axiovert 100 TV equipped
with a 40x/1.3N.A. Plan-NeoFluar objective. The probe was
excited by a LED-based illumination device (OptoLED,
Cairn Research) with a 436/20 nm bandpass filter. Donor
and acceptor wavelengths were separated by a beamsplitter
device (Optosplit II, Cairn Research) using a 480/40 nm
filter for the CFP, a D505 dichroic mirror, and a
535/30 nm filter for the cpVenus. Images were collected
with a front-illuminated CCD camera (Photometrics Cool-
Snap ES2). The system was controlled by MetaFluor 6.3
software (Universal Imaging) and assembled by Crisel
Instruments. Exposure time and frequency of image cap-
ture varied from 100ms to 300ms and from 0.5 to 1Hz,
respectively, depending on the intensity of the fluorescent
signal and on the desired temporal resolution.

In basal [Ca2+] measurements, mouse primary cortical
neurons at 5 DIV were cotransfected with either GCamp6f
or 2mtGCamp6m probes [15, 16], together with either empty
vector mCherry or MCU-mCherry for the MCU overexpres-
sion. Resting cytosolic Ca2+ was measured in absence or in
presence of Cav1 (nimodipine 5 μM, TOCRIS) or Cav2 inhib-
itors (GVIA 2μM and M7C 1μM for Cav2.2 and Cav2.1,
respectively, Bachem). 24 hours after transfection, primary
neurons were mounted in an open-bath custom-made
imaging chamber and maintained in KRB. Imaging was
performed on a Zeiss Axiovert 200 microscope equipped
with a 40×/1.3N.A. Plan-NeoFluar objective. Excitation
was performed with a DeltaRAM V high-speed monochro-
mator (Photon Technology International) equipped with a
75W xenon arc lamp. Images were captured with a high-
sensitivity Evolve 512 Delta EMCCD (Photometrics). The
system is controlled by MetaMorph 7.5 (Molecular Devices)
and was assembled by Crisel Instruments. Mouse primary
cortical neurons were alternatively illuminated at 474 and
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Table 1: Descriptive statistics.

Experiment Measurements Mean ± S:E: No. of
samples

No. of
experiments

Figure

Ctrl [Ca2+]mt (ΔR/R0) 0:26 ± 0:03 30 6 1(e)

MCU [Ca2+]mt (ΔR/R0) 0:67 ± 0:04 30 6 1(e)

Ctrl Resting mitochondrial Ca2+ level (474/410 ratio) 1:04 ± 0:10 30 6 1(f)

MCU Resting mitochondrial Ca2+ level (474/410 ratio) 2:19 ± 0:13 30 6 1(f)

Ctrl Number of objects/cell 158 ± 5 30 3 2(c)

MCU Number of objects/cell 299 ± 7 30 3 2(c)

Ctrl+glutamate Number of objects/cell 360 ± 8 30 3 2(c)

MCU+glutamate Number of objects/cell 320 ± 21 30 3 2(c)

Ctrl Mean volume of objects/cell (μm3) 0:66 ± 0:03 30 3 2(c)

MCU Mean volume of objects/cell (μm3) 0:30 ± 0:08 30 3 2(c)

Ctrl+glutamate Mean volume of objects/cell (μm3) 0:40 ± 0:02 30 3 2(c)

MCU+glutamate Mean volume of objects/cell (μm3) 0:32 ± 0:10 30 3 2(c)

Ctrl Mean surface of objects/cell (μm2) 8:0 ± 1:1 30 3 2(c)

MCU Mean surface of objects/cell (μm2) 4:5 ± 1:1 30 3 2(c)

Ctrl+glutamate Mean surface of objects/cell (μm2) 5:2 ± 1:3 30 3 2(c)

MCU+glutamate Mean surface of objects/cell (μm2) 3:7 ± 0:8 30 3 2(c)

synGFP_48h Apparent-infected neurons (%) 100:0 ± 2:6 60 3 3(b)

synMCU-GFP_48h Apparent-infected neurons (%) 100:0 ± 2:0 60 3 3(b)

synGFP_72h Apparent-infected neurons (%) 96:8 ± 2:5 60 3 3(b)

synMCU-GFP_72h Apparent-infected neurons (%) 60:7 ± 1:3 60 3 3(b)

synGFP_96h Apparent-infected neurons (%) 95:1 ± 2:4 60 3 3(b)

synMCU-GFP_96h Apparent-infected neurons (%) 33:8 ± 0:8 60 3 3(b)

synGFP_48h TUNEL-positive neurons (%) 10:6 ± 1:3 60 3 3(d)

synMCU-GFP_48h TUNEL-positive neurons (%) 37:3 ± 3:5 60 3 3(d)

synGFP_72h TUNEL-positive neurons (%) 11:2 ± 1:6 60 3 3(d)

synMCU-GFP_72h TUNEL-positive neurons (%) 45:0 ± 2:8 60 3 3(d)

synGFP_96h TUNEL-positive neurons (%) 11:8 ± 1:4 60 3 3(d)

synMCU-GFP_96h TUNEL-positive neurons (%) 75:9 ± 3:6 60 3 3(d)

synGFP TMRM fluorescence (a.u.) 19310 ± 2989 10 3 4(a)

synMCU-GFP TMRM fluorescence (a.u.) 23974 ± 2439 10 3 4(a)

synGFP TMRM fluorescence decay half-life (sec) 394:2 ± 55:3 10 3 4(d)

synMCU-GFP TMRM fluorescence decay half-life (sec) 194:4 ± 14:3 10 3 4(d)

synGFP [Ca2+]cyt 19′ after glutamate treatment (ΔR/R0) 0:17 ± 0:08 30 3 4(f)

synMCU-GFP [Ca2+]cyt 19′ after glutamate treatment (ΔR/R0) 0:63 ± 0:04 30 3 4(f)

synGFP_48h (+GLUT) TUNEL-positive neurons (%) 21:0 ± 1:8 60 3 4(h)

synMCU-GFP_48h (+GLUT) TUNEL-positive neurons (%) 68:3 ± 2:8 60 3 4(h)

synGFP_72h (+GLUT) TUNEL-positive neurons (%) 24:7 ± 1:8 60 3 4(h)

synMCU-GFP_72h (+GLUT) TUNEL-positive neurons (%) 61:2 ± 3:6 60 3 4(h)

synGFP_96h (+GLUT) TUNEL-positive neurons (%) 30:5 ± 3:3 60 3 4(h)

synMCU-GFP_96h (+GLUT) TUNEL-positive neurons (%) 90:1 ± 3:3 60 3 4(h)

Ctrl Resting cytosolic Ca2+ level (474/410 ratio) 0:60 ± 0:07 100 3 4(i)

Ctrl+Cav1 block Resting cytosolic Ca2+ level (474/410 ratio) 0:48 ± 0:01 100 3 4(i)

Ctrl+Cav2 block Resting cytosolic Ca2+ level (474/410 ratio) 0:46 ± 0:01 100 3 4(i)
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410nm, and fluorescence was collected through a 515/30nm
bandpass filter (Semrock). Exposure time was set to 200ms
at 474nm and to 400ms at 410nm, in order to account for
the low quantum yield at the latter wavelength. At least ten
fields were collected per coverslip, and each field was
acquired for 10 s (1 frame/s). Analysis was performed with
the Fiji distribution of ImageJ [14]. Both images were
background corrected frame by frame by subtracting mean
pixel values of a cell-free region of interest. Data are pre-
sented as the mean of the averaged ratio of all time points,
as described previously [17]. Data and sample size are pro-
vided in Table 1.

For Fura-FF measurements, mouse primary cortical
neurons at 5 DIV were infected with synapsin-driven pEGFP
(synGFP) or MCU-GFP (synMCU-GFP) adenoviral parti-
cles. After 48 hours, primary neurons were loaded with a 5
μMFura-FF-AM in KRB for 30min. After washing, cells were
illuminated alternately at 340 and 380nm, and fluorescence
was monitored at 510nm. Imaging was performed on an
Olympus IX71/IX5 inverted microscope equipped with a
xenon light source (150W) for epifluorescence illumination.
Images were collected with a digital camera with an exposure
time of 200ms using a 40x/1.3N.A. oil immersion objective
(Olympus). Data were acquired and analyzed using CellR
software (Olympus). Sequential digital images were acquired
every second for 3minutes (in order to well visualize the rapid
Ca2+ uptake peak after glutamate treatment) and then every 3
minutes till the end of the experiment. Analysis was per-
formed with the Fiji distribution of ImageJ [14]. Both images
were background corrected frame by frame by subtracting
mean pixel values of a cell-free region of interest. Data are
presented as the mean of the averaged ratio ± S:E: of all time
points. Data and sample size are provided in Table 1.

2.3. Immunofluorescence. After 5 DIV, mouse primary
cortical neurons were transfected with mtRFP as mitochon-
drial marker and with either empty pcDNA3.1 vector as
control or pcDNA3.1-MCU-flag for the MCU overexpres-
sion. 24 hours after transfection, primary neurons were
treated or not, as indicated, with glutamate (100 μM) for
one hour and then fixed with 4% formaldehyde solution,
permeabilized, and blocked in PBS containing 1% BSA, 2%
goat serum, and 0.3% Triton X-100. Cells were then incu-

bated with primary antibody anti-flag (1 : 200, Sigma-Aldrich),
overnight at 4°C. The appropriate isotype-matched Alexa
Fluor conjugated secondary antibodies (Thermo Fisher Sci-
entific) were used, and coverslips were mounted with Pro-
Long Gold Antifade reagent (Thermo Fisher Scientific).

Free-floating mouse brain slices (60 μm thick) were
permeabilized and blocked in PBS containing 1% BSA,
10% goat serum, and 0.3% Triton X-100. Then, slices were
incubated with primary antibodies anti-GFP (1 : 200, Sigma-
Aldrich), anti-MAP2 (1 : 100, Abcam), anti-CD45 (1 : 100,
Abcam), and anti-GFAP (1 : 100, Dako) overnight at 4°C in
free-floating and washed 3 times with PBS. The appropriate
isotype-matched Alexa Fluor conjugated secondary antibod-
ies (Thermo Fisher Scientific) were used, and coverslips were
mounted with Prolong (Thermo Fisher Scientific). Analysis
was performed with the Fiji distribution of ImageJ [14].
Quantification was made by measuring signal intensity above
a certain threshold (30 for TUNEL, 20 for CD45, and 30 for
GFAP) and dividing it by GFP signal intensity. Data and
sample size are provided in Table 1. Data are expressed as
mean ± S:E:

2.4. Adenovirus Production. Adenoviral particles were
developed using the AdEasy Adenoviral vector system [18].
The vector pShuttle (Agilent #240006) was engineered to
express either an enhanced green fluorescent protein or a
MCU-EGFP chimera under the control of the human
SYNAPSIN promoter (synGFP and synMCU-GFP, respec-
tively). The resulted plasmid was linearized by digestion
with Pme I, and subsequently co-transformed into E. coli
BJ5183 cells together with the adenoviral backbone
plasmid pAdEasy-1. Recombinants were selected for
kanamycin resistance, and recombination is confirmed
by restriction analysis. Purified recombinant Ad plasmid
DNA was digested with PacI to expose its inverted termi-
nal repeats (ITR) and then used to transfect adenovirus
packaging cell line (293 HEK cells). Recombinant adeno-
viruses were typically generated within 7 to 12 days.
Transfected cells were collected, lysed through freeze-
thaw cycles, and centrifuged to remove cellular debris.
The supernatant was then used for large-scale virus
preparation.

Table 1: Continued.

Experiment Measurements Mean ± S:E: No. of
samples

No. of
experiments

Figure

MCU Resting cytosolic Ca2+ level (474/410 ratio) 4:77 ± 0:35 100 3 4(i)

MCU+Cav1 block Resting cytosolic Ca2+ level (474/410 ratio) 0:67 ± 0:13 100 3 4(i)

MCU+Cav2 block Resting cytosolic Ca2+ level (474/410 ratio) 5:28 ± 0:41 100 3 4(i)

synGFP TUNEL/GFP (a.u.) 0:032 ± 0:005 12 3 5(d)

synMCU-GFP TUNEL/GFP (a.u.) 1:001 ± 0:060 12 3 5(d)

synGFP CD45/GFP (a.u.) 0:104 ± 0:040 10 3 5(e)

synMCU-GFP CD45/GFP (a.u.) 0:854 ± 0:084 13 3 5(e)

synGFP GFAP/GFP (a.u.) 0:298 ± 0:040 8 3 5(f)

synMCU-GFP GFAP/GFP (a.u.) 5:100 ± 0:559 10 3 5(f)
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For the stereotaxic injection, the same viruses were fur-
ther purified through CsCl gradient centrifugation. The final
viral titers were 6:32 × 1010 PFU/ml and 5:76 × 1010 PFU/ml
for synGFP and synMCU-GFP, respectively. For each mouse,
0.85 μl and 1μl of each preparation were injected.

2.5. Apoptotic Counts. After 5 DIV, mouse primary cortical
neurons were infected with synGFP or synMCU-GFP adeno-
viral particles. After 48, 72, and 96 hours, cells were fixed with
4% formaldehyde solution and then mounted with ProLong
Gold Antifade reagent (Thermo Fisher Scientific). For each
coverslip, confocal images (Leica SP5-TCS-II) of twenty ran-
dom fields were acquired. We then counted the number of
GFP-positive neurons and calculated the percentage of
GFP-positive neurons normalized on the first time point
(48 hours). Data and sample size are provided in Table 1.

2.6. TUNEL Assay. After 5 DIV, mouse primary cortical neu-
rons were infected with synGFP or synMCU-GFP adenoviral
particles. 48, 72, and 96 hours after the infection, cells were
treated or not, as indicated, with glutamate (100 μM) for
one hour and then fixed with 4% formaldehyde solution
followed by permeabilization with 0.25% Triton X-100.
Staining was performed with TUNEL assay kit (Thermo
Fisher Scientific) according to the manufacturer’s protocol.
For each coverslip, confocal images (Leica SP5-TCS-II) of
twenty random fields were acquired. We then calculated the
percentage of TUNEL-positive neurons over GFP-positive
cells (mean ± S:E:). Data and sample size are provided in
Table 1.

2.7. Measurements of Mitochondrial ΔΨ. After 5 DIV, mouse
primary cortical neurons were infected with synGFP or
synMCU-GFP adenoviral particles. 48 hours after infection,
primary neurons were loaded with TMRM probe (20 nM)
for 30 minutes at 37°C. Images were taken on an inverted
microscope (Zeiss Axiovert 200) equipped with a Plan-
NeoFluar 40x/1.3N.A. objective, a Photometrics Evolve Delta
EMCCD, and a 75W Xenon arc lamp coupled to a monocro-
mator (PTI Deltaram V). The system was assembled by
Crisel Instruments (Rome, Italy). TMRM excitation was per-
formed at 560nm, and emission was collected through a 590-
650nm bandpass filter. Images were taken every 5 seconds
with a fixed 200ms exposure time, for about 10 minutes after
excitotoxic stimulus (glutamate 100 μM). At the end of each
experiment, CCCP (10μM) was added to dissipate mito-
chondrial membrane potential. Data are expressed as half-
time of the decay in TMRM fluorescence (mean ± S:E:). In
the case of TMRM data provided (acquired 48 hours after
infection), we analyzed TMRM signal only from cells with
intact membrane potential. Dead cells did not contribute to
the overall signal in the analysis because (i) they detached
from the coverslip after washes and/or (ii) they did not load
with TMRM. Data and sample size are provided in Table 1.

2.8. Stereotaxic Injection. Stereotaxic injections were
performed as previously described [19]. Briefly, thin plastic
tubing is attached to the top of the glass micropipette in the
holder and a syringe attached to the other end of the plastic
tubing is used for virus aspiration or injection. Young adult

C57Bl/6J mice (1 month of age) were anesthetized by intra-
peritoneal injection of tiletamine hydrochloride+zolazepam
hydrochloride (Xilor) (20-40mg/kg) and xylazine (Zoletil)
(0.5mg/kg) and fixed with ear bars. Under a dissecting
microscope, an incision was performed to expose the skull.
Injection position was x = +0:5 and y = −1:6 from bregma
coordinates. After skull perforation over the targeted area,
the pipette was positioned at z = 0:5, and viral particles
were slowly injected. After 15 days, mice were sacrificed
and perfused with 2% formaldehyde solution. 60 μm thick
coronal slices were obtained using a vibratome (Leica).
Immunofluorescence and TUNEL assay were performed
as described above.

3. Results

3.1. MCU Overexpression Enhances Mitochondrial Ca2+

Uptake in Primary Cortical Neurons. In order to dissect the
role of MCU in neuronal cells, we used mouse primary corti-
cal neurons cultured from newborn (P0-P2) C57Bl/6J mice.
As previously reported, the overexpression of mitochondrial
Ca2+ uniporter (MCU) in HeLa cells induces a huge enhance-
ment of mitochondrial Ca2+ transients [2]. Based on this
observation, we first monitored the mitochondrial Ca2+

dynamics in our experimental model. Taking advantages of
the FRET-based cameleon-like probe, specifically targeted to
mitochondria, 4mtD1cpV [13] (Figure 1(a)), we stimulated
both control and MCU-overexpressing cortical neurons with
a high [K+] causing depolarization-induced Ca2+ influx
through voltage-sensitive Ca2+ channels. Upon stimulation,
there was a sharp increase in cpVenus fluorescence and a
decrease in CFP fluorescence intensity in both control and
MCU-overexpressing primary cortical neurons due to the
increased FRET efficiency (Figure 1(b)), resulting in a raise
of both cpVenus/CFP ratio and ΔR/R0. As expected, MCU-
overexpressing neurons showed a greater increase in the
cpVenus/CFP ratio than in control neurons, clearly indicat-
ing the enhancement of mitochondrial Ca2+ uptake
(Figures 1(c), 1(d), and 1(e)). In addition to agonist-induced
Ca2+ transients, MCU-overexpressing neurons also showed
increased resting mitochondrial Ca2+ level, as demonstrated
by the analysis of the high affinity GFP-based fluorescent
Ca2+ indicator, 2mtGCamp6m [15, 20, 21]. Indeed, MCU
overexpression induces a higher resting mitochondrial
[Ca2+] compared to mock-transfected neurons (Figure 1(f)).

3.2. MCU Overexpression Induces Mitochondrial
Fragmentation. In order to better characterize the conse-
quences of MCU overexpression on mitochondrial function,
we investigated the effect of Ca2+ on mitochondrial network
distribution. To analyze mitochondrial morphology in mouse
primary cortical neurons, we used a red fluorescent protein
specifically targeted to mitochondria (mtRFP). Confocal
microscopy analysis of RFP fluorescence revealed a consistent
difference between control and MCU-overexpressing
neurons. In mock-transfected neurons, mitochondria
appeared elongated and well distributed in the whole cell,
in the soma, dendrites, and axons. Conversely, MCU overex-
pression induced a clear alteration of the overall organelle
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morphology, with numerous rod-like and fragmented mito-
chondria, mostly absent at the level of dendrites. Increase in
the number of objects per cell was detected, as well as a
decrease in their volume and surface (Figures 2(a) and
2(c)). Challenging control neurons with a high concentration
of glutamate mimicked this fragmentation (Figures 2(b) and

2(c)). In MCU-overexpressing neurons, glutamate caused no
additional impairment of the mitochondrial network.

3.3. MCU Overexpression Reduces Neurons Survival In Vitro.
To better understand the functional consequences of MCU
expression in neurons, mouse primary cortical neurons
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Figure 1: MCU overexpression enhances mitochondrial Ca2+ uptake. (a) Representative images of cpVenus and CFP fluorescence in mouse
primary cortical neurons cotransfected for 24 hours with 4mtD1cpV probe and either pcDNA3.1 as control (Ctrl) or pcDNA3.1-MCU-flag
(MCU). The scale bars represent 10 μm. (b) cpVenus (thick line) and CFP (thin line) fluorescence intensity in neurons transfected as in (a),
after KCl depolarization (50mM). (c) Representative cpVenus/CFP ratio traces of neurons transfected as in (a), after KCl depolarization
(50mM). (d) Representative ΔR/R0 ratio traces and (e) relative ΔR/R0 ratio quantifications of neurons transfected as in (a), after KCl
depolarization (50mM). (f) Resting mitochondrial Ca2+ level of mouse primary cortical neurons cotransfected for 24 hours with
2mtGCaMP6m probe and either empty vector mCherry as control (Ctrl) or MCU-mCherry (MCU). Each measurement was performed in
at least 30 neurons from 6 different preparations. ∗∗∗p < 0:0001 compared to control. Detailed statistics are described in Table 1.
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Figure 2: MCU overexpression induces mitochondrial fragmentation. Mouse primary cortical neurons were cotransfected for 24 hours with
mtRFP (red) and either empty vector pcDNA3.1 as control (Ctrl) or pcDNA3.1-MCU-flag (MCU), and immunofluorescence was performed
as detailed in Methods in absence (a) or in presence (b) of glutamate (100 μM, 1 hour). The scale bars represent 10 μm. (c) Relative
quantification of the number of objects per cell (left panel), mean volume of objects per cell (middle panel), and mean surface of objects
per cell (right panel) of cells immunostained as in (a) and (b). At least 30 cells from 3 different preparations were analyzed for each
condition. ∗∗∗p < 0:0001 compared to control. Detailed statistics are described in Table 1.
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were infected with adenoviruses expressing a synapsin
promoter-driven either enhanced green fluorescent protein
(synGFP) or a MCU-EGFP (synMCU-GFP) constructs.
After infection, the percentage of GFP-positive cells at
three different time points (48, 72, and 96 hours after
infection) was determined. Neurons infected with the
synGFP construct did not show any loss over this period.
In contrast, neurons infected with the synMCU-GFP
adenoviral particles were progressively lost over time
(Figures 3(a) and 3(b)). This suggests that MCU overex-
pression triggered neuronal death.

To further confirm our findings, the TUNEL assay was
employed. Mouse primary cortical neurons were infected as

in the previous experiments, and apoptotic cells were labeled
with a specific fluorescent marker of fragmented DNA. The
percentage of TUNEL-positive cells in synGFP-infected neu-
rons was low and constant over time. Conversely, the
percentage of dead neurons progressively increased over time
in MCU-overexpressing cultures (Figures 3(c) and 3(d)).

3.4. MCU Overexpression Increases Neuronal Death Induced
by Glutamate. Mitochondrial Ca2+ overload can induce
opening of the mitochondrial permeability transition pore,
leading to loss of inner mitochondrial membrane potential
[22]. To determine if MCU-mediated Ca2+ loading affected
mitochondrial membrane potential, the electrochemical
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Figure 3: MCU overexpression impairs neuron survival. (a) Mouse primary cortical neurons were infected with synapsin-driven EGFP
(synGFP) or MCU-EGFP (synMCU-GFP) adenoviral particles, and representative images were acquired 48, 72, or 96 hours after
infection, respectively. The scale bars represent 60 μm. (b) Cells were treated as in (a) and the apparent percentage of GFP-positive
neurons relative to the first time point (48 hours) was determined. (c, d) Mouse primary cortical neurons were infected with synapsin-
driven EGFP (synGFP) or MCU-EGFP (synMCU-GFP) adenoviral particles. After 48, 72, or 96 hours, cells were fixed and TUNEL assay
was performed. (d) Representative images of GFP (green)- and TUNEL (red)-positive neurons. The scale bars represent 10 μm. (d)
Quantification of TUNEL-positive neurons for the indicated conditions. At least 60 random fields from 3 different preparations were
analyzed. ∗∗∗p < 0:0001 compared to control. Detailed statistics are described in Table 1.
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gradient across the inner mitochondrial membrane was
monitored using the potentiometric dye tetramethylrhoda-
mine methyl ester (TMRM). In unstimulated resting con-
ditions, MCU overexpression does not cause any evident
impairment of TMRM loading, indicating that the mem-
brane potential is intact in this condition (Figures 4(a) and
4(b)). Then, we measured mitochondrial membrane potential
changes triggered by glutamate exposure, which should induce
MCU-dependent organelle Ca2+ overload. As expected, in
both control and MCU-overexpressing neurons, there was a
loss of mitochondrial membrane potential over time after
toxic glutamate exposure. Importantly, glutamate-induced
mitochondrial depolarization was twice as fast in MCU-
overexpressing neurons (Figures 4(c) and 4(d)).

To assess the contribution of global Ca2+ homeostasis
during glutamate-induced toxicity, we monitored cytosolic
Ca2+ dynamics with the low-affinity Ca2+-sensitive ratio-
metric probe Fura-FF. In control neurons, glutamate induced
an initial fast increase in [Ca2+], followed by a sustained
plateau phase that lasts for several minutes. Conversely,
in MCU-overexpressing neurons, glutamate-induced [Ca2+]
elevations progressively rise over time (Figures 4(e) and
4(f)). Accordingly, treatment with a toxic dose of glutamate
increased the percentage of apoptotic cells in MCU-
overexpressing neurons (Figures 4(g) and 4(h)). These experi-

ments are consistent with the indication that MCU overex-
pression sensitizes neurons to excitotoxic stimuli leading to
cell death.

Surprisingly, we detected a slight evelation in resting cyto-
solic [Ca2+] in MCU-overexpressing neurons (Figure 4(e)).
To better address this point, we used the high-affinity
GFP-based fluorescent Ca2+ indicator, GCamp6f [16]. This
probe efficiently revealed a significant increase of basal cyto-
solic Ca2+ level in MCU-overexpressing neurons (Figure 4(i)),
suggesting an impairment in the Ca2+ permeability at the
plasma membrane. We thus wondered whether this phe-
notype could be rescued by inhibiting either Cav1 or
Cav2 channels. As shown in Figure 4(i), Cav2 inhibition
had no consequences on resting cytosolic [Ca2+] in both con-
trol and MCU-overexpressing neurons. Conversely, pharma-
cological block of Cav1 channels in MCU-overexpressing
cells efficiently decreased resting cytosolic [Ca2+] to values
similar to control neurons.

3.5. MCU Overexpression In Vivo Induces Brain Tissue
Degeneration. Our in vitro experiments clearly indicate that
MCU overexpression causes mitochondrial Ca2+ overload
and triggers neuronal death. We finally wondered whether
this happens also in vivo. We thus injected control and
MCU-encoding adenoviral particles (under the control of
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Figure 4: MCU overexpression accelerates neuronal cell death after excitotoxic insults. Mouse primary cortical neurons were infected with
synapsin-driven EGFP (synGFP) or MCU-EGFP (synMCU-GFP) adenoviral particles. After 48 hours, cells were loaded with TMRM (20 nM,
30 minutes). (a) TMRM fluorescence intensity in unstimulated resting conditions. (b) Representative images of TMRM staining. The scale
bars represent 10 μm. (c) Representative traces of relative TMRM fluorescence intensity. Glutamate (100 μM) and CCCP (10 μM) were
added when indicated. (d) Half-life of TMRM fluorescence decay after glutamate treatment. (e, f) Mouse primary cortical neurons were
infected with synapsin-driven pEGFP (synGFP) or MCU-GFP (synMCU-GFP) adenoviral particles. After 48 hours, cells were loaded with
Fura-FF-AM (5μM, 30 minutes). (e) Representative traces of Fura-FF fluorescence ratio (excitation at 340 and 380 nm). Glutamate
(100 μM) was added when indicated. (f) Average ΔR/R0 values recorded 19 minutes after glutamate treatment. For each condition, at least
30 cells from 3 different preparations were analyzed. (g, h) Mouse primary cortical neurons were infected with synapsin-driven EGFP
(synGFP) or MCU-EGFP (synMCU-GFP) adenoviral particles. After 48, 72, and 96 hours, cells were treated with glutamate
(100 μM, 1 hour) and then fixed and stained by TUNEL assay. (g) Representative images of GFP (green)- and TUNEL (red)-positive
neurons. The scale bars represent 10 μm. (h) Quantification of TUNEL-positive neurons for the indicated conditions. At least 60 random
fields from 3 different preparations were analyzed. (i) Resting cytosolic Ca2+ level of mouse primary cortical neurons cotransfected for 24
hours with GCaMP6f probe and either empty vector mCherry as control (Ctrl) or MCU-mCherry (MCU), in absence or in presence of
Cav1 (nimodipine 5 μM) or Cav2 inhibitors (GVIA 2μM and M7C 1 μM for Cav2.2 and Cav2.1, respectively). Each measurement was
performed in at least 100 neurons from 3 different preparations. ∗∗∗p < 0:0001 compared to control. Detailed statistics are described in
Table 1.
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the neuron-specific synapsin promoter) into the cortex of
C57Bl/6J mice, using the stereotaxical approach [19]. After
15 days, we verified the transgene expression in coronal
brain slices of injected mice (Figure 5). In parallel, we per-
formed immunostaining of the neuron-specific cytoskeletal
protein MAP2 (microtubule-associated protein 2) on the

same sections. In GFP-injected brains, the vast majority
of the infected neurons were also positively labeled with
MAP2 antibody. On the contrary, in MCU-injected brains,
many infected neurons displayed decreased MAP2 staining
(Figure 5(a)), suggesting ongoing neuron degeneration
[23]. Accordingly, TUNEL staining showed extensive cell
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Figure 5: MCU-induced cortical degeneration. Synapsin promoter-driven EGFP (synGFP) or MCU-EGFP (synMCU-GFP) adenoviral
particles were stereotaxically injected in the cortex of C57Bl/6J mice. After 15 days, mice were sacrificed and immunohistochemistry of
coronal brain slices was performed. GFP immunofluorescence is shown in green. MAP2 (a), CD45 (b), and GFAP (c) are shown in red.
Dead cells were detected through TUNEL assay (in blue). The scale bars represent 10μm. Quntification of TUNEL (d), CD45 (e), and
GFAP (f) fluorescence intensity above threshold on GFP fluorescence intensity. Images are representative of 3 different mice, derived from
3 independent infections. ∗∗∗p < 0:0001 compared to control. Detailed statistics are described in Table 1.
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death in MCU-injected but not in GFP-injected brains
(Figures 5(a)‑5(d)).

In neurodegenerative disorders, neuronal loss is accom-
panied by the appearance of extracellular debris, elevated
levels of proinflammatory cytokines, and activated microg-
lia [24–27]. In the cortex of GFP-injected mice, little
microglial activation could be detected through CD45
immunoreactivity. Conversely, in the cortex of MCU-
overexpressing mice, a robust CD45 staining was evident
(Figures 5(b) and 5(e)).

Also, astrocytes play a central role in the maintenance of
CNS functions, and hypertrophic astrocytes always follow
brain injury [28–30]. Glial fibrillary acidic protein (GFAP)
can thus be used as a reliable marker of reactive astrocytes.
Only few GFAP-positive cells were observed in GFP-injected
mice. However, a clear accumulation of GFAP immuno-
reactive astrocytes was observed in MCU-injected mice
(Figures 5(c) and 5(f)). Thus, in vivo, neuronal MCU overex-
pression triggered signs of neuronal degeneration, including
microglial activation, gliosis, and increased TUNEL staining.

4. Discussion

The recent elucidation of MCU complex components has
allowed the interpretation of the physiopathological role of
mitochondrial Ca2+ homeostasis through genetic approaches,
overcoming the paucity of specific pharmacological tools.
Several lines of evidence show that mitochondrial Ca2+ is a
pleiotropic signal. On the one hand, elevation of Ca2+ in
the organelle matrix can efficiently boost ATP production
through a concerted positive regulation on both the rate-
limiting enzymes of the TCA cycle and the oxidative phos-
phorylation complexes. On the other hand, excessive Ca2+

accumulation is the best characterized trigger of PTP open-
ing that leads to cell death [5].

However, this notion has been critically challenged by the
first attempt to knockout the MCU gene in mammals.
Surprisingly, mice completely lacking MCU show no overt
phenotype [31]. Nonetheless, it must be stressed that this
result has been obtained in a mixed genetic background
[32], while MCU ablation in the pure C57Bl/6 strain leads
to complete embryonic lethality [32–34], as one would
expect. Similarly, constitutive knockout of EMRE, an essen-
tial MCU modulator, also leads to complete preweaning
lethality [35]. Even mice with genetic ablation of MICU1, a
key modulator of MCU opening [21, 36–38], die within
hours of birth [39, 40]. In addition, human patients with loss
of function mutations in MICU1 display a clinical phenotype
with multiple defects that recapitulates some clinical features
of mitochondrial diseases [20, 41].

All these observations highlight the importance of
mitochondrial Ca2+ uptake and suggest that MCU inhibition
during development can trigger confounding adaptive mech-
anisms that potentially undervalue the physiopathological
role of MCU. We thus reasoned that the modulation of
MCU levels after development is a valuable strategy to under-
stand the role of mitochondrial Ca2+ signaling in health and
disease. Until now, this approach has been used in vivo only
for the striated muscles, both cardiac [33, 42] and skeletal

[43]. Here, we show that, in primary cortical neurons,
overexpression of MCU leads to increased mitochondrial
Ca2+ levels in both unstimulated cells (Figure 1(f)) and after
plasma membrane depolarization (Figures 1(a)‑1(e)), as
already reported [10]. However, in these cells, MCU over-
expression is clearly toxic and leads to cell death per se
(Figure 3), even in the absence of additional external stimuli.
Interestingly, this effect is rarely seen in other cell types
[43, 44], thus suggesting that neurons are particularly sus-
ceptible to mitochondrial Ca2+-mediated cell death. In line
with this, MCU overexpression causes fragmentation of
mitochondrial network (Figure 2) and increased basal
cytosolic [Ca2+] (Figure 4(i)), i.e., two early markers of
neuronal dysfunction. Whether or not these two phenom-
ena depend one on the other in this experimental context
is still unclear. However, recent data suggest that this
could be the case. Indeed, elevations in [Ca2+] trigger a
process named mitochondrial shape transition (MiST), lead-
ing to organelle fragmentation even in the absence of PTP
opening and ΔΨm loss [45]. Therefore, organelle fragmenta-
tion in normal resting condition can be secondary to the
chronic increase of basal [Ca2+]cyt. MCU overexpression
mimics the effects of the excitotoxic stimulus treatment, pre-
cisely glutamate, on both mitochondrial morphology and
neuronal cell death (Figures 2(b), 2(c) and 4(g)–4(h)). Fur-
thermore, MCU-overexpressing neurons show early loss of
mitochondrial membrane potential (Figures 4(b)‑4(d)) and
cellular Ca2+ overload (Figures 4(e)‑4(f)). However, the exact
mechanism linking organelle Ca2+ overload to cell death still
needs to be elucidated. Indeed, several potential mechanisms
could account for this effect, including mitochondrial frag-
mentation, cytosolic calcium overload, Ca2+-dependent dis-
ruption of Miro1/KIF5B/tubulin complex, PTP opening,
ROS production, and calpain activation. Similarly, we did
not analyze which specific type of death is occurring in our
experimental setup. The exact mechanism and the relative
contribution of each of these pathways will require additional
and dedicated efforts.

Overall, our in vitro data unambiguously support the idea
that exaggerated mitochondrial Ca2+ uptake in neurons is
primarily a cell death trigger. We thus moved to an in vivo
systembydelivering adenoviral particles encoding for a synap-
sin promoter-drivenMCUconstruct within themouse cortex.
In this scenario, MCU overexpression clearly causes neuronal
cell death, as demonstrated by the impairment of cytoskeletal
organization and the appearance of TUNEL-positive nuclei
(Figures 5(a) and 5(d)). In addition, activation of both mic-
roglia (Figures 5(b) and 5(e)) and astrocytes (Figures 5(c)
and 5(f)) was evident in MCU-overexpressing brains, thus
recapitulating the main features of neurodegeneration. This
demonstrates that mitochondrial Ca2+ overload triggers per
seneuronal celldeathalso invivo. In linewith this view,postna-
tal ablationofMCUinneuronshasbeenrecently showntopro-
tect from ischemia/reperfusion injury in the brain [46].

Intriguingly, MCU overexpression alone is not sufficient
to cause degeneration in other tissues. For instance, in skele-
tal muscle increased mitochondrial Ca2+ uptake stimulates
protein synthesis, activates hypertrophic pathways, and
increases the overall muscle mass [43]. Conversely, ablation
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of MICU1, i.e., a genetic condition that increases resting
mitochondrial [Ca2+] and thus predisposes to organelle
Ca2+ overload, causes no gross alterations in the healthy liver
but potently prevents tissue regeneration upon stress condi-
tions (e.g., partial hepatectomy). These differences can how-
ever be explained by considering that mitochondrial Ca2+ is
a pleiotropic signal that can be differentially decoded accord-
ing to the global characteristics of cell-specific signaling
toolkit. On the one hand, Ca2+-dependent stimulation of oxi-
dative metabolism appears to be critical for cell survival [47].
On the other hand, excessive Ca2+ accumulation inside
organelle matrix is the key determinant of permeability tran-
sition and cell death. It is widely believed that neuronal func-
tions (e.g., action potentials, exocytosis) are highly energy-
demanding. However, metabolic flexibility (i.e., the capacity
to adapt fuel oxidation to fuel availability) is paradoxically
rather limited in neurons. They strongly rely on glucose or
astrocyte-derived lactate to sustain ATP production, whereas
oxidation of fatty acid plays a marginal role [48, 49]. Con-
versely, most of the other tissues, including those with high
energy demand such as the skeletal muscle or heart, can eas-
ily utilize both carbohydrates and lipids for their oxidative
metabolism. It must be noted that in our experimental condi-
tions, MCU is overexpressed without the concomitant over-
expression of its endogenous regulators (i.e., MICU1 and/or
MICU2). This leads to increased resting intramitochondrial
[Ca2+] (Figure 1(f)), thus indicating that a futile Ca2+ cycling
across the IMM is occurring in these cells. As a consequence,
the increased flux through the TCA cycle determined by ele-
vated mitochondrial [Ca2+] is likely to be undermined by the
energy waste caused by this futile cycle. A similar scenario
has been recently proposed in cells derived from patients
lacking MICU1, i.e., another condition that chronically
increases matrix [Ca2+] [50]. Tissues with higher metabolic
flexibility such as skeletal muscle or liver can likely better
compensate this energy drain in normal conditions. Con-
versely, MCU overexpression in neurons appears to be highly
toxic also in the absence of any stress signal. In this cellular
model, the impairment of MCU complex leads to mitochon-
drial Ca2+ overload with consequent cell death [51].

Overall, these data clearly indicate that exagerated
organelle Ca2+ levels can be a key mechanism underlying
neurodegeneration, thus uncovering a new putative target
with enormous therapeutic potential.

5. Conclusions

In conclusion, we demonstrated that mitochondrial Ca2+

overload is per se sufficient to cause neuronal cell death both
in vitro and in vivo, thus highlighting a potential key step in
neurodegeneration. This evidence opens the possibility to
clinical intervention through the regulation of intracellular
Ca2+ signaling and, in particular, through the modulation
of mitochondrial Ca2+ uptake.
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Autophagy is responsible for the maintenance of skeletal muscle homeostasis, thanks to the removal of aberrant and dysfunctional
macromolecules and organelles. During fasting, increased autophagy ensures the maintenance of the amino acid pool required for
energy production. The activity of the mitochondrial Ca2+ uniporter (MCU), the highly selective channel responsible for
mitochondrial Ca2+ uptake, controls skeletal muscle size, force, and nutrient utilization. Thus, both autophagy and
mitochondrial Ca2+ accumulation play a pivotal role to maintain muscle homeostasis and to sustain muscle function. Here, we
address whether, in skeletal muscle, mitochondrial Ca2+ uptake and autophagy are mutually related. Muscle-restricted MCU
silencing partially inhibits the autophagy flux. Moreover, skeletal muscle-specific deletion of the essential autophagy gene Atg7,
known to cause the accumulation of dysfunctional mitochondria, drastically reduces mitochondrial Ca2+ accumulation. Thus, a
vicious cycle takes place, in which reduced MCU activity hampers the autophagic flux, and loss of autophagy further impairs
mitochondrial Ca2+ signaling.

1. Introduction

Macroautophagy, hereafter referred to as autophagy, is a
well-established mechanism responsible of the bulk degrada-
tion of intracellular macromolecules and organelles [1]. Dur-
ing starvation, autophagy contributes to the supplying of
cellular nutrients, in particular amino acids, required for cell
survival. In addition, basal autophagy, i.e., the constitutive
autophagic degradation process that occurs in physiological
conditions, is responsible for the degradation of dysfunc-
tional and damaged proteins and organelles, thus ensuring
the maintenance of tissue homeostasis [2].

Skeletal muscle accounts for about 40% of the total body
mass, representing the main body protein pool. Muscle
autophagy is induced by fasting [3, 4], and in catabolic con-
ditions, skeletal muscle-derived amino acids are utilized as
energy source by different organs [5]. In addition, as postmi-
totic tissue, maintenance of skeletal muscle homeostasis
requires the continuous removal of aberrant macromole-
cules and organelles even in fed conditions. Accordingly,
deletion of Atg7, an essential autophagy gene [6], causes
muscle atrophy and accumulation of protein aggregates

and aberrant mitochondria [7]. In particular, mitochondria
of skeletal muscle-specific ATG7-/- mice are characterized
by defective respiration, increased reactive oxygen species
production [8], and altered membrane potential [9, 10].
The latter observation is particularly relevant in light of the
fact that autophagy is modulated in response to the mito-
chondrial energy status [11–13]. Moreover, mitochondria
are elongated in response to fasting, thus increasing the
activity of the ATP synthase, ensuring physiological levels
of ATP production [14].

Ca2+-dependent processes occur both in the cytosol and
within mitochondria. In particular, mitochondrial Ca2+

uptake regulates a number of cell functions, ranging from
the buffering of cytosolic Ca2+ increases, thus indirectly reg-
ulating cytosolic Ca2+-dependent processes, to intraorganelle
processes, including the control of cell death [15]. In physio-
logical conditions, mitochondrial Ca2+ uptake positively reg-
ulates three key dehydrogenases of the TCA cycle eventually
leading to increased ATP production, thus playing a pivotal
role in the control of the cellular energy status [16].

The mitochondrial Ca2+ uniporter (MCU), the highly
selective Ca2+ channel located in the inner mitochondrial
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membrane (IMM), is responsible for mitochondrial Ca2+

uptake [17, 18]. In skeletal muscle, MCU overexpression pos-
itively regulates muscle size and protects from denervation-
induced loss of muscle mass [19]. This is associated with
increased activity of well-known hypertrophic signaling
routes, like the Akt pathway, previously reported to play an
inhibitory role on autophagy [3] and to the reduced activity
of the protein synthesis inhibitor and autophagy activator,
GSK3 β [20, 21]. In parallel, the cell volume occupied by
mitochondria is increased [19]. On the other hand, reduced
or absent MCU expression, specifically in skeletal muscle,
decreases muscle size, impairs muscle function, determines
a slow to fast switch in MHC expression, and as a conse-
quence of decreased PDH activity, triggers a metabolic rewir-
ing towards preferential fatty acid utilization to counteract
the reduced glucose oxidation [19, 22]. In addition, MCU
silencing determines the accumulation of altered mitochon-
dria and an overall reduction of the volume occupied by these
organelles [19]. The metabolic rewiring occurring in MCU-
depleted skeletal muscle eventually translates into a systemic
catabolic response [22].

Ca2+-dependent regulation of autophagy has been
observed in a wide variety of conditions; however, whether
cytosolic Ca2+ plays a permissive or rather an inhibitory role
on autophagy induction is still debated and possibly
depends on the cell type and context [23]. Moreover,
increased cytosolic Ca2+ levels, in response to ER Ca2+-
depleting stimuli, induce mitochondrial Ca2+ accumulation
that partially contributes to autophagy modulation. In par-
ticular, Cárdenas et al. reported that constitutively low
levels of ER-mitochondria Ca2+ transfer are essential for
autophagy suppression. In detail, cells lacking all three ino-
sitol 1,4,5-triphosphate receptor (InsP3R) isoforms are
characterized by increased autophagy levels, that are
required for cell survival during nutrient deprivation, and
pharmacological inhibition of the mitochondrial Ca2+ uni-
porter phenocopies InsP3R inhibition [24]. In addition, in
a genetic model of mitochondrial disorder due to a point
mutation in the ND5 complex I subunit, a decrease in
mitochondrial Ca2+ uptake is associated with an increase
in the catabolic response and in the induction of prosurvi-
val autophagy. Moreover, in patient fibroblasts, MCU over-
expression restores normal levels of autophagy [25].
However, the negative modulation of mitochondrial Ca2+

uptake and of mitochondrial membrane potential by pro-
tein kinase C beta (PKCβ) activation leads to autophagy
inhibition, as opposite to starvation [26].

Thus, while the role of mitochondrial metabolism in the
modulation of autophagy is undoubted, whether mitochon-
drial Ca2+ uptake increases or reduces autophagy depends,
at least partially, on the cell context. Despite the significant
work made to uncover the crosstalk between autophagy and
mitochondrial Ca2+ accumulation, little is known on the role
of mitochondrial Ca2+ uptake in the regulation of skeletal
muscle autophagy. In addition, whether autophagy affects
mitochondrial Ca2+ uptake in skeletal muscle is still obscure.

Here, we demonstrate that skeletal muscle autophagy
is unaffected by MCU overexpression, while it is partially
impaired by decreased MCU expression. In addition,

mitochondrial Ca2+ uptake is significantly reduced in
autophagy-deficient skeletal muscles, thus contributing to
muscle dysfunction.

2. Materials and Methods

2.1. Animals.All animal experiments were approved and per-
formed in accordance with the Italian law D. L.vo n_26/2014.
CD1 mice were purchased by Charles River Laboratories.
Skeletal muscle-specific MCU knockout (skMCU-/-) mice
and their relative controls (MCUfl/fl) were previously
described [22]. Skeletal muscle-specific Atg7 knockout
(skATG7-/-) mice and their relative controls (ATG7fl/fl) were
previously described [7].

2.2. AAV Infection. AAV9-MCU and AAV9-shMCU were
purchased from Vector Biolabs (Malvern, PA) and were pre-
viously described [19]. EDL muscles of adult CD1 mice were
isolated through a small hindlimb incision, and 1010 vg were
injected along the muscle length. Muscles were analyzed 14
days postinjection.

2.3. Autophagic Flux Measurements. Colchicine treatment:
autophagic flux analyses using colchicine treatment were
performed as previously described [27] with some modifica-
tions. Adult EDL muscles were injected with AAV9-MCU or
AAV9-shMCU. 14 days postinfection, 0.1mg/kg colchicine
(Sigma-Aldrich) was i.p injected. Control mice received an
equal volume of 0.9% NaCl. The same treatment was
repeated 12 hours later. Mice were sacrificed 24 hours after
the first injection; EDL muscles were harvested and frozen
in liquid nitrogen-cooled isopentane. In the case of the starv-
ing mouse group, food was withdrawn at the same time of the
first colchicine injection.

Leupeptin treatment: autophagic flux analyses using
leupeptin treatment were performed as previously
described [28] with some modifications. Adult EDL mus-
cles were injected with AAV9-MCU or AAV9-shMCU.
14 days postinfection, 30mg/kg leupeptin (Sigma-Aldrich)
was i.p injected. Control mice received an equal volume of
0.9% NaCl. Mice were sacrificed 5 hours after the injec-
tion; EDL muscles were harvested and frozen in liquid
nitrogen-cooled isopentane. In the case of the starving
mouse group, food was withdrawn at the same time of
the leupeptin injection.

2.4. In Vivo DNA Transfection of Mouse Skeletal Muscle.
Hyaluronidase solution (2mg/ml) (Sigma-Aldrich) was
injected under the hindlimb footpads of anesthetized mice.
After 30 minutes, 20 μg of plasmid DNA in 20μl of physio-
logical solution was similarly injected. Then, one gold-
plated acupuncture needle was placed under the skin at heel,
and a second one, at the base of the toes, oriented parallel to
each other and perpendicular to the longitudinal axis of the
foot and connected to the BTX porator (Harvard Apparatus).
The muscles were electroporated by applying 20 pulses,
20ms each, 1 s of interval to yield an electric field of 100V.
Single fiber cultures were carried out 7 days later.
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2.5. Real-Time Imaging of Mitochondrial Ca2+ in FDB Fibers.
FDB fibers were isolated 7 days after in vivo transfection with
a plasmid encoding 4mtGCaMP6f [22]. Muscles were
digested in collagenase A (4mg/ml) (Roche) dissolved in
Tyrode’s salt solution (pH7.4) (Sigma-Aldrich) containing
10% fetal bovine serum (Thermo Fisher Scientific). Single
fibers were isolated, plated on laminin-coated glass cover-
slips, and cultured in DMEM with HEPES (42430 Thermo
Fisher Scientific), supplemented with 10% fetal bovine
serum, containing penicillin (100U/ml) and streptomycin
(100 μg/ml). Fibers were maintained in culture at 37°C with
5% CO2.

After single fiber isolation, real-time imaging was per-
formed. During the experiments, myofibers were maintained
in Krebs-Ringer modified buffer (135mM NaCl, 5mM KCl,
1mM MgCl2, 20mM HEPES, 1mM MgSO4, 0.4mM
KH2PO4, 1mM CaCl2, 5.5mM glucose, and pH7.4) at RT,
in the presence of 75 μM N-benzyl-P-toluenesulfonamide
(BTS, Tocris) to avoid the fiber contraction. 20mM caffeine
(Sigma-Aldrich) was added when indicated to elicit Ca2+

release from intracellular stores. Experiments were per-
formed on a Zeiss Axiovert 200 microscope equipped with
a 40×/1.3 N.A. Plan Fluor objective. Excitation was per-
formed with a DeltaRAM V high-speed monochromator
(Photon Technology International) equipped with a 75W
xenon arc lamp. Images were captured with a high-
sensitivity Evolve 512 Delta EMCCD (Photometrics). The
system is controlled by MetaMorph 7.5 (Molecular Devices)
and was assembled by Crisel Instruments. 4mtGCaMP6f
was alternatively excited every second at 475 and 410nm,
respectively, and images were acquired through an emission
filter (535/30 nm) (Chroma). Exposure time was set to
50ms. Acquisition was performed at binning 1 with 200 of
EM gain. Image analysis was performed with Fiji distribution
of the ImageJ software [29]. Images were background cor-
rected frame by frame by subtracting the mean pixel value
of a cell-free region of interest. Changes in Ca2+ levels
(475/410 nm fluorescence ratio) were expressed as R/R0,
where R is the ratio at time t and R0 is the ratio at the begin-
ning of the experiment. Mitochondrial Ca2+ peak was
expressed as R‐R0 /R0 and normalized for the control value.

2.6. Western Blotting and Antibodies. To monitor protein
levels, frozen muscles were pulverized by means of Qiagen
TissueLyser and protein extracts were prepared in an appro-
priate buffer containing 50mM Tris pH7.5, 150mM NaCl,
5mM MgCl2, 1mM DTT, 10% glycerol, 2% SDS, 1% Triton
X-100, Complete EDTA-free protease inhibitor mixture
(Roche), 1mM PMSF, 1mM NaVO3, 5mM NaF, and
3mM β-glycerophosphate. 40 μg of total proteins was
loaded, according to BCA quantification. Proteins were sepa-
rated by SDS-PAGE electrophoresis, in commercial 4-12%
acrylamide gels (Thermo Fisher Scientific), and transferred
onto nitrocellulose membranes (Thermo Fisher Scientific)
by semidry electrophoretic transfer. Blots were blocked for
1 hour at RT with 5% nonfat dry milk (Bio-Rad) in TBS-
tween (0.5M Tris, 1.5M NaCl, and 0.01% Tween) solution
and incubated at 4°C with primary antibodies. Secondary
antibodies were incubated 1 hr at RT. The following primary

antibodies were used: anti-LC3 (1 : 1000, Cell Signaling),
anti-p62 (1 : 5000, Sigma-Aldrich), anti-actin (1 : 20000,
Santa Cruz), and anti-MCU (1 : 1000 Sigma-Aldrich). Sec-
ondary HRP-conjugated antibodies were purchased from
Bio-Rad and used at 1 : 5000 dilution.

2.7. RNA Extraction, Reverse Transcription, and Quantitative
Real-Time PCR. Total RNA was extracted from tibialis
anterior (TA) muscles using the SV Total RNA Isolation
Kit (Promega) following the manufacturer’s instructions.
The RNA was quantified with NanoDrop (Thermo Fisher
Scientific). Complementary DNA was generated from
500 nmol of total RNA with a cDNA Synthesis Kit Super-
Script II (Thermo Fisher Scientific). Oligo(dT)12–18 primers
(Thermo Fisher Scientific) were used as primer for first-
strand cDNA synthesis with reverse transcriptase. The
obtained cDNA was analyzed by real-time PCR using the
IQ5 thermocycler and the SYBR green chemistry (Bio-Rad).
The primers were designed and analyzed with Primer3 [30].
The housekeeping gene Gapdh was used as an internal con-
trol for cDNA normalization. For quantification, expression
levels were calculated by the ΔCt method. Real-time PCR
primer sequences were as follows: Lc3: Fw 5′-CACTGC
TCTGTCTTGTGTAGGTTG-3′, Rv 5′-TCGTTGTGCCT
TTATTAGTGCATC-3′; Gapdh: Fw 5′-CACCATCTTCC
AGGAGCGAG-3′, Rv 5′-CCTTCTCCATGGTGGTGAA
GAC-3′; and p62: Fw 5′-CCCAGTGTCTTGGCATTCT
T-3′, Rv 5′-AGGGAAAGCAGAGGAAGCTC-3′.

2.8. Statistical Analysis of Data. Statistical data are presented
as mean ± SD. Significance was calculated by Student’s t-test
or the Mann-Whitney rank sum test.

3. Results

3.1. MCU Silencing Negatively Affects Autophagy Flux in
Skeletal Muscle. Muscle autophagy is induced during starva-
tion [3], a condition characterized by a high rate of catabo-
lism [31]. Previous work highlighted the link between
mitochondrial Ca2+ accumulation and optimal cellular bio-
energetics maintenance, demonstrating that reduced ER-
mitochondrial Ca2+ transfer increases prosurvival autophagy
in conditions of nutrient deprivation [24]. We have previ-
ously demonstrated that diminished mitochondrial Ca2+

uptake in skeletal muscle inhibits anabolic pathways and trig-
gers atrophy [19]. In addition, muscle-specific MCU deletion
impairs substrate oxidation and mitochondrial respiration
[22]. These data suggest that, in skeletal muscle, MCU silenc-
ing could trigger autophagy induction. However, in MCU-
silenced mice, the number and size of mitochondria are
reduced and the frequency of severely damaged organelles
is increased [19]. Since basal autophagy contributes to the
removal of dysfunctional organelles and proteins [7, 32],
one alternative possibility would be that MCU silencing actu-
ally negatively affects skeletal muscle autophagy.

To discern among these alternatives, we directly mea-
sured autophagy in MCU-silenced EDL muscles. We took
advantage of the adenoassociated virus- (AAV-) based trans-
duction of shMCU to specifically reduce mitochondrial Ca2+
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uptake in the skeletal muscle in vivo, as previously reported
[19]. We monitored the lipidation of LC3 and the protein
levels of p62, two well-known autophagy markers. The lipi-
dated form of LC3, LC3-II, is embedded in the autophago-
some membrane, and its levels are proportional to the
number of autophagosome. p62 delivers polyubiquitinated
cargoes to autophagy and accumulates in autophagy-
deficient cells [33].

In MCU-silenced muscles of fed mice, LC3-II levels
tend to increase compared to control muscles infected
with AAV-LacZ (Figures 1(a), 1(b), 1(d), and 1(e)). This
could be due either to increased autophagosome produc-
tion or to increased accumulation of autophagosomes
because of impaired fusion with lysosomes and/or degrada-
tion of autophagolysosomes. To distinguish between these
two possibilities, we performed an analysis of the autophagic
flux, i.e., the balance between formation and degradation of
autophagosomes. Accordingly, we compared autophagy in
muscles treated or not with either colchicine or leupeptin
that causes the accumulation of autophagosomes. In detail,
colchicine is a microtubule-depolymerizing agent that
blocks the fusion of autophagosomes with lysosomes;
instead, leupeptin is a lysosomal protease inhibitor. Thus,
the LC3-II levels in leupeptin and colchicine-treated mus-
cles represent the maximal accumulation of nondigested
autophagosomes [33].

In the AAV-shLUC-infected muscles in fed condition, we
observed an increase in LC3-II protein levels in colchicine- or
leupeptin-treated muscles, due to the block of autophagy, as
expected. AAV-shMCU-treated muscles reached maximal
LC3-II levels even in the absence of inhibitor treatment
(Figures 1(a), 1(b), 1(d), and 1(e)). Thus, MCU silencing trig-
gers a block in the autophagy flux which may account for the
increased number of damaged mitochondria in MCU-
silenced muscles [19]. As a second marker of autophagy flux,
we monitor the p62 protein levels, which accumulate in
response to defective autophagy [34]. Besides autophagy-
dependent degradation, p62 protein levels depend on multi-
ple factors, including gene transcription and proteasome
activity. In addition, previous observations indicate that
accumulation of p62 occurs in a shifted timeframe compared
to LC3-II production [33]. In our experiments, autophagy
flux inhibition did not affect p62 levels in fed conditions
(Figures 1(a), 1(c), 1(d), and 1(f); 2(a), 2(c), 2(d), and 2(f);
and 3(a) and 3(c)) indicating that p62 does not represent here
an optimal autophagic marker.

Next, we evaluated the effects of MCU silencing on the
autophagic flux in conditions of nutrient deprivation and
thus of energy stress. For this purpose, we measured
autophagy flux in muscles of fasting animals. Fasting and
treatment with autophagy inhibitors were coincident, i.e.,
5 hours for leupeptin-treated muscles and 24 hours for
colchicine-treated muscles. Both 5 hours and 24 hours of
starvation increased LC3-II and p62 protein levels
(Figure S1). MCU silencing caused a tendency towards
increased LC3-II protein levels in muscles of mice
deprived of food for 5 hours (Figures 1(g) and 1(h)),
which became significant when starvation was prolonged
to 24 hours (Figures 1(j) and 1(k)). When fasting mice

infected with AAV-shMCU in skeletal muscle were
treated with leupeptin, we observed no difference in LC3-
II protein levels compared to untreated shMCU-injected
muscles, indicating that MCU silencing in muscles of
mice fasted for 5 hours triggers a block of autophagy
(Figures 1(g) and 1(h)). p62 protein levels were increased
in both AAV-shLUC- and AAV-shMCU-infected muscles
upon 5 hours of fasting and treatment with leupeptin
(Figures 1(g)–1(i)). These data suggest that increased
autophagosome production by fasting, associated with
short-term treatment with an autophagy flux inhibitor, is
the ideal setting to uncover p62 accumulation in skeletal
muscle, at least in our experimental conditions. However,
p62 protein levels were unaffected by MCU silencing
(Figures 1(g)–1(i)). When mice were fasted for 24 hours
and treated with colchicine, MCU-silenced muscles were
autophagy-competent (Figures 1(j) and 1(k)), suggesting
that prolonged starvation removes the block in autophagy
caused by the reduction in mitochondrial Ca2+ uptake.
Moreover, in muscles of mice treated with colchicine and
starved for 24 hours, p62 protein levels were unaffected,
again indicating the complexity of p62 homeostasis
(Figures 1(j)–1(l)).

3.2. Autophagy Flux Is Functional in Skeletal Muscle-Specific
MCU KO. The previous experiments demonstrate that
MCU silencing partially inhibits the autophagic flux in
skeletal muscle. We further investigated the modulation
of autophagy in the skeletal muscle-specific MCU KO
mouse (hereafter referred to as skMCU-/-) in which a
completed ablation of mitochondrial Ca2+ accumulation
occurs [22]. Reduced respiration and a metabolic rewiring
that comprises a catabolic systemic response characterize
this mouse model.

We performed autophagy flux measurements in
skMCU-/- muscles both in basal and in starving condi-
tions. In muscles of fed mice, LC3-II levels were similar in
controls and in skMCU-/- muscles (Figures 2(a), 2(b), 2(d),
and 2(e)). When muscles were treated with the autophagy
inhibitors, LC3-II levels tend to increase both in MCUfl/fl

and in skMCU-/- muscles. However, as reported above
(Figure 1), p62 levels were not affected by treatment with col-
chicine or leupeptin (Figures 2(a), 2(c), 2(d), and 2(f)). Then,
we measured autophagy flux in muscles of fasting animals.
LC3-II protein levels were similar in skMCU-/- muscles com-
pared to controls. In addition, LC3-II protein levels were
increased in MCUfl/fl muscles treated with leupeptin or col-
chicine, as expected, as well as in skMCU-/- muscles
(Figures 2(g), 2(h), 2(j), and 2(k)). p62 protein levels were
increased by fasting associated with either leupeptin or col-
chicine treatment, both in MCUfl/fl and in skMCU-/- muscles
(Figures 2(g)–2(i) and 2(j)–2(l)). To determine whether LC3-
II and p62 transcription was regulated, we measured the
relative mRNA levels of these two transcripts in skMCU-/-

muscles treated with the autophagy flux inhibitors. As
reported in Figure S2, leupeptin or colchicine treatment did
not increase LC3 or p62 expression, either in fed or in
starved conditions, indicating that the increases in protein
levels are not due to a transcriptional activation.
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These data indicate that autophagy flux is maintained
despite the constitutive depletion of mitochondrial Ca2+ uptake.

3.3. MCU Overexpression Does Not Alter Autophagic Flux in
Skeletal Muscle. Increased mitochondrial Ca2+ uptake trig-

gers muscle hypertrophy and protein synthesis [19].
Enhanced energy production and activation of anabolic sig-
naling routes should in principle play an inhibitory effect
on autophagy. On the other hand, PDH activity is unaffected
by MCU overexpression [19], indicating that increased
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Figure 1: Autophagy flux analyses in MCU-silenced muscles. (a-f) Immunoblotting analysis of EDL muscles infected with AAV-shMCU or
AAV-shLUC as control and treated or not with leupeptin (a-c) or colchicine (d-f) in fed conditions. Western blot analyses demonstrated
efficient MCU downregulation in EDL muscles. Protein levels of LC3-II and p62 were used to monitor autophagy, relative to actin protein
levels used as loading control. (b, c, e, and f) Quantification by densitometry of the ratio between LC3-II/actin and p62/actin. ∗p < 0 05,
t test (two-tailed, unpaired) of four animals per condition. Data are presented as mean ± SD. (g-l) Immunoblotting analysis of
EDL muscles infected with AAV-shMCU or AAV-shLUC as control and treated or not with leupeptin (g-i) or colchicine (j-l) upon
starvation. Western blot analyses demonstrated efficient MCU downregulation in EDL muscles. (h, i, k, and l) Quantification by
densitometry of the ratio between LC3-II/actin and p62/actin. ∗p < 0 05, t test (two-tailed, unpaired) of four animals per condition. Data
are presented as mean ± SD.

5Oxidative Medicine and Cellular Longevity



70

40

15

p62

Actin

LC3

Vehicle Leupeptin
(a) (b) (c)

(d) (e) (f)

(g) (h) (i)

(j) (k) (l)

MCUfl/fl skMCU-/- MCUfl/fl skMCU-/-

25
MCU

Vehicle Leupeptin
0.0

0.5

1.0

1.5

2.0

2.5

3.0

LC
3-
II
/a
ct
in

⁎

Vehicle Leupeptin

p6
2/
ac
tin

Fe
d

0.0
0.2
0.4
0.6
0.8
1.0
1.2
1.4
1.6
1.8

MCUfl/fl skMCU-/- MCUfl/fl skMCU-/-

p62

Actin

LC3

70

40

15

25
MCU

Vehicle Colchicine

LC
3-
II
/a
ct
in

Vehicle Colchicine
0

1

2

3

4
⁎

p6
2/
ac
tin

Vehicle Colchicine
0.0

0.5

1.0

1.5

2.0

2.5

MCUfl/fl skMCU-/- MCUfl/fl skMCU-/-

p62

Actin

LC3

70

40

15

Vehicle Leupeptin

25
MCU

LC
3-
II
/a
ct
in

Vehicle Leupeptin
0
1
2
3
4
5
6
7 ⁎

⁎

p6
2/
ac
tin

Vehicle Leupeptin

Fa
sti
ng

0.0

0.5

1.0

1.5

2.0

2.5

3.0
⁎

⁎

MCUfl/fl skMCU-/- MCUfl/fl skMCU-/-

p62

Actin

LC3

70

40

15

25MCU

Vehicle Colchicine

LC
3-
II
/a
ct
in

Vehicle Colchicine
0

1

2

3

4

5
6

MCUfl/fl

skMCU-/-

⁎

⁎

p6
2/
ac
tin

Vehicle Colchicine
0
1
2
3
4
5
6
7

⁎

⁎

Figure 2: Autophagy flux analyses in skMCU-/- mice. (a-f) Immunoblot of EDL muscles of skMCU-/- or skMCUfl/fl mice treated or not with
leupeptin (a-c) or colchicine (d-f) in fed conditions. Western blot analyses demonstrated efficient MCU deletion in EDL muscles. LC3-II and
p62 protein levels were used to monitor autophagy, relative to actin protein levels used as loading control. (b, c, e, and f) Quantification by
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mitochondrial Ca2+ uptake does not impinge on the oxida-
tive metabolism of muscle mitochondria.

We wondered whether the overexpression of MCU in
skeletal muscle could modify either basal or induced autoph-
agy flux. We performed autophagic flux analyses in AAV-
MCU-injected muscles in fed and starving conditions. In
fed animals, no difference was observed in LC3-II protein
levels in MCU overexpressing muscles compared to AAV-
LacZ-infected control muscles (Figures 3(a) and 3(b)), and
an increase in LC3 II protein levels was observed both in
mock infected and in MCU overexpressing muscles treated
with colchicine (Figures 3(a) and 3(b)). In addition, p62
protein levels were unaffected by MCU overexpression
(Figures 3(a) and 3(c)). These data demonstrate that MCU
overexpressing muscles are autophagy-competent, not differ-
ently from control muscles, and that an increase in mito-
chondrial Ca2+ uptake does not alter the autophagy flux in
fed conditions. Next, we measured whether MCU overex-
pression impinges on the autophagy process during starva-
tion. We detected no difference in the LC3-II protein levels
in starved muscles upon AAV-MCU infection compared to
AAV-LacZ-infected muscles. In addition, we observed an
increase in LC3-II protein levels in the muscles treated with
colchicine, both infected with AAV-LacZ and infected with
AAV-MCU (Figures 3(d) and 3(e)). Similarly to fed muscles,
p62 was unaffected by MCU overexpression in fasting condi-
tions (Figures 3(d) and 3(f)). Taken together, these results

show that MCU overexpression does not affect autophagy
in skeletal muscle.

3.4. Lack of Skeletal Muscle Autophagy Causes a Decrease in
Mitochondrial Ca2+ Uptake. It is clearly established that the
deletion of the autophagy genes Atg7 or Atg5 in different tis-
sues, including skeletal muscle, liver, and heart, results in
swollen and aberrant mitochondria [6–8, 35]. In particular,
autophagy-deficient muscles are atrophic and accumulate
protein aggregates and dysfunctional mitochondria [7, 8],
characterized by a decreased oxygen consumption rate and
increased levels of reactive oxygen species [8]. We wondered
whether these defects are associated with impaired mito-
chondrial Ca2+ signaling. For this purpose, we measured
mitochondrial Ca2+ uptake in mice where Atg7, an essential
gene required for autophagosome formation, is deleted spe-
cifically in skeletal muscle (hereafter referred as skATG7-/-)
[7]. We transfected in vivo the adult flexor digitorum bre-
vis (FDB) muscles of skATG7-/- mice with plasmids
encoding a GFP-based Ca2+ probe targeted to mitochondria,
mtGCaMP6m [22]. One week later, we performed real-time
imaging experiments on isolated single myofibers. At the
beginning of the experiment, we measured basal mitochon-
drial [Ca2+] and then we added caffeine to discharge the
sarcoplasmic reticulum Ca2+ pool, driving an increase in
cytosolic [Ca2+] and a following accumulation of Ca2+ into
mitochondria. skATG7-/- skeletal muscle fibers showed both
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Figure 3: Autophagy flux analyses in MCU overexpressing muscles. (a-c) Immunoblotting analysis of EDLmuscles infected with AAV-MCU
or AAV-LacZ as control and treated or not with colchicine in fed conditions. Western blot analyses demonstrated efficient MCU
overexpression in EDL muscles. Protein levels of LC3-II and p62 were used to monitor autophagy, relative to actin protein levels used as
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analysis of EDL muscles infected with AAV-MCU or AAV-LacZ as control and treated or not with colchicine upon starvation. Western
blot analyses demonstrated efficient MCU overexpression in EDL muscles. (e, f) Quantification by densitometry of the ratio between LC3-
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a decrease in mitochondrial Ca2+ uptake and a diminished
resting mitochondrial [Ca2+] compared to ATG7fl/fl myofi-
bers (Figures 4(a)–4(c)). These data suggest that loss of
autophagy is associated with decreased mitochondrial Ca2+

uptake, either as a causal factor or as a consequence of dys-
functional mitochondria activity.

4. Discussion

A lot of effort has been made to understand how mitochon-
drial Ca2+ accumulation could regulate skeletal muscle
homeostasis. MCU-/- mice, despite an overall mild pheno-
type, have significant impairment in exercise capacity and
in muscle force [36]. Modulation of MCU specifically in skel-
etal muscle controls myofiber size impinging on anabolic sig-
naling pathways [19, 22]. Moreover, despite decreased
glucose oxidation and oxygen consumption rate [22], skeletal
muscle-specific MCU-/- mice switch their muscle metabolism
towards increased dependency on fatty acid oxidation [37]
and present a systemic catabolic response which involves
both liver and adipose tissue metabolic remodeling.

Mitochondrial Ca2+ signaling regulates autophagy; how-
ever, whether it plays a permissive or an inhibitory role
depends on the different settings [11, 23]. In cells deleted of
all three InsP3R isoforms, autophagy is induced as a conse-
quence of impaired ER-mitochondria Ca2+ transfer that, by
reducing ATP production, causes the activation of AMPK

[24]. However, in a different context, PKCβ overexpression
diminishes mitochondrial Ca2+ uptake which eventually
inhibits autophagy [26]. Finally, in fibroblasts of patients
expressing a mutated subunit of the ETC complex I, mito-
chondrial Ca2+ uptake decrease is accompanied by an
increase in the autophagy flux [25]. With these premises,
the consequence of MCU modulation in skeletal muscle
autophagy is uncertain.

Our data indicate that modulation of skeletal muscle
autophagy relies on changes in mitochondrial Ca2+ signal-
ing. In particular, we demonstrated that decreased MCU
expression in adult animals, and thus impaired oxidative
metabolism and energy production, partially hampers
autophagy flux, as already suggested by Patergnani et al.
[26]. However, different from PKCβ overexpressing cells,
characterized by reduced mitochondrial membrane poten-
tial, this parameter is unaffected in MCU-silenced muscles
[19], indicating that the mechanism underlying the inhibi-
tion of autophagy flux by MCU silencing in skeletal mus-
cle is still unknown. In detail, in AAV-shMCU-treated
muscles, autophagy flux was blocked both in fed and in
fasting conditions, with one exception. When fasting was
prolonged to 24 hours, in MCU-silenced muscles, autoph-
agy flux was restored. One possibility is that prosurvival
autophagy induced by starvation overcomes the inhibitory
effect of MCU silencing. Importantly, the block in autoph-
agy flux could contribute to the increased number of
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Figure 4: Mitochondrial Ca2+ uptake measurements in skATG7−/−mice. (a) Resting mitochondrial [Ca2+] was decreased in skATG7−/− FDB
myofibers compared to ATG7fl/fl controls. Data are presented as mean ± SD (>10 fibers per condition). (b) Ratiometric measurements of
mitochondrial Ca2+ uptake upon caffeine treatment highlighted a reduction in peak mitochondrial [Ca2+] of skATG7−/− FDB myofibers
compared to ATG7fl/fl controls. ∗p < 0 05, t test (two-tailed, unpaired) of >10 fibers per condition. Data are presented as mean ± SD. (c)
Representative traces of mitochondrial Ca2+ uptake measurements.
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aberrant mitochondria observed in AAV-shMCU muscles
[19]. On the other hand, in skMCU-/- muscles, autophagy
flux is unaffected. This could be because long-term skeletal
muscle-specific MCU deletion triggers increased muscle
glucose uptake and systemic catabolic responses involving
liver and adipose tissue that could in part mitigate the
negative effects of reduced mitochondrial Ca2+ signaling
on autophagy activity.

Next, we demonstrated that MCU overexpression has no
effect on the autophagy flux, either in basal conditions or
during starvation. One should take into account the fact that
increased mitochondrial Ca2+ uptake plays different roles
according to the cell context. For example, in the liver, mito-
chondrial Ca2+ overload triggered by MICU1 knockdown is
associated with the opening of the permeability transition
pore (PTP), a large-conductance channel, and eventually cell
death [38]. Vice versa, in skeletal muscle, MCU overexpres-
sion does not cause any sign of myofiber damage or death
[19], suggesting that healthy skeletal muscle mitochondria
are prone to sustain elevated Ca2+ waves, without impinging
on degradation processes like autophagy. Whether dysregu-
lation of mitochondrial Ca2+ signaling affects mitophagy,
i.e., the selective autophagic degradation of mitochondria, is
an open issue and deserves further investigation.

In the second part of this work, we addressed whether
impaired autophagy could alter mitochondrial Ca2+ uptake.
We detected a decreased mitochondrial basal [Ca2+] and a
diminished mitochondrial Ca2+ uptake in skeletal muscles
deleted of the essential autophagy gene Atg7 [7]. This is a
part of a complex scenario, in which defective mitochondria,
both in terms of morphology and in terms of function, accu-
mulate in autophagy-deficient cells and tissues [6–8, 35, 39].
This would suggest that altered mitochondrial Ca2+ signaling
is a late consequence of the increased aberrant mitochondrial
population. However, both skATG7-/- and skMCU-/- muscles
are atrophic and have reduced oxygen consumption rates.
Thus, it is plausible that reduced mitochondrial Ca2+ uptake
in skATG7-/- muscles precedes signs of mitochondrial dam-
age and dysfunction, actively contributing to the acceleration
of the degenerative process.

5. Conclusions

Skeletal muscle is characterized by great plasticity, and
autophagy contributes to muscle homeostasis and response
to stress stimuli. Mitochondrial Ca2+ signaling controls
muscle trophism, activity, and metabolic adaptations.
Autophagy flux is impaired by reduced mitochondrial
Ca2+ uptake in adult skeletal muscle. Vice versa, mitochon-
drial Ca2+ signaling is decreased in autophagy-deficient
myofibers, where dysfunctional organelles accumulate.
However, whether this is just a consequence of the decrease
number of healthy mitochondria or rather it plays a causa-
tive role is still to be determined. Possibly, a vicious cycle
occurs, in which reduced mitochondrial Ca2+ uptake
impairs the autophagy flux, and this causes the accumula-
tion of dysfunctional mitochondria that, in turn, reduce
mitochondrial Ca2+ signaling.
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Figure S1: LC3 and p62 protein levels increase during starva-
tion in wild type muscles, related to Figure 1. Immunoblot-
ting analysis of wild-type EDL muscles subjected to 5 hours
or 24 hours of starvation. Increases in LC3-II and p62 protein
levels were detected. Actin protein levels were used as loading
control. Figure S2: LC3 and p62 relative mRNA levels are
modulated by leupeptin or colchicine treatment both in
MCUfl/fl and in skMCU-/- mice, related to Figure 2. (a-d)
Relative mRNA levels of LC3 and p62 in EDL muscles of
skMCU-/- or MCUfl/fl mice treated or not with leupeptin
(a-b) or colchicine (c-d) in fed conditions. ∗p < 0 05, t-test
(two-tailed, unpaired) of 3 animals per condition. Data are
presented as mean ± SE. (e-h) Relative mRNA levels of LC3
and p62 in EDL muscles of skMCU-/- or MCUfl/flmice treated
or not with leupeptin (e-f) or colchicine (g-h) in starving
conditions. ∗p < 0 05, t-test (two-tailed, unpaired) of 3
animals per condition. Data are presented as mean ± SE.
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Coenzyme Q (CoQ), a redox-active lipid, is comprised of a quinone group and a polyisoprenoid tail. It is an electron carrier in the
mitochondrial respiratory chain, a cofactor of other mitochondrial dehydrogenases, and an essential antioxidant. CoQ requires a
large set of enzymes for its biosynthesis; mutations in genes encoding these proteins cause primary CoQ deficiency, a clinically
and genetically heterogeneous group of diseases. Patients with CoQ deficiency often respond to oral CoQ10 supplementation.
Treatment is however problematic because of the low bioavailability of CoQ10 and the poor tissue delivery. In recent years,
bypass therapy using analogues of the precursor of the aromatic ring of CoQ has been proposed as a promising alternative. We
have previously shown using a yeast model that vanillic acid (VA) can bypass mutations of COQ6, a monooxygenase required
for the hydroxylation of the C5 carbon of the ring. In this work, we have generated a human cell line lacking functional COQ6
using CRISPR/Cas9 technology. We show that these cells cannot synthesize CoQ and display severe ATP deficiency. Treatment
with VA can recover CoQ biosynthesis and ATP production. Moreover, these cells display increased ROS production, which is
only partially corrected by exogenous CoQ, while VA restores ROS to normal levels. Furthermore, we show that these cells
accumulate 3-decaprenyl-1,4-benzoquinone, suggesting that in mammals, the decarboxylation and C1 hydroxylation reactions
occur before or independently of the C5 hydroxylation. Finally, we show that COQ6 isoform c (transcript NM_182480) does not
encode an active enzyme. VA can be produced in the liver by the oxidation of vanillin, a nontoxic compound commonly used as
a food additive, and crosses the blood-brain barrier. These characteristics make it a promising compound for the treatment of
patients with CoQ deficiency due to COQ6 mutations.

1. Introduction

Coenzyme Q (CoQ) is a key component of the mitochondrial
respiratory chain (RC) where it shuttles electrons from

complexes I and II to complex III. It is also a cofactor of other
mitochondrial dehydrogenases and of uncoupling proteins,
an antioxidant, and a modulator of the mitochondrial
permeability transition pore [1]. CoQ is comprised of a
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quinone group and of a polyisoprenoid tail, which varies in
length in different species: ten isoprene units in humans
(CoQ10), nine in mice (CoQ9), and six in yeast (CoQ6). The
CoQ biosynthetic pathway is still incompletely characterized,
especially in higher eukaryotes [2]. The biogenesis of the
isoprene tail begins in the cytosol through the mevalonate
pathway, sharing its initial steps with cholesterol biosynthe-
sis. The individual isopentyl diphosphate units produced in
these pathways are then joined together to form the all-
trans polyprenyl tail by COQ1 (in yeast) and PDSS1 and
PDSS2 (in mammals) within mitochondria. The quinone
group is synthesized from tyrosine through a poorly char-
acterized set of reactions that produce 4-hydroxybenzoate
(4-HB) [3, 4]. 4-HB is then joined to the polyisoprene tail
by COQ2, an integral protein of the mitochondrial inner
membrane [5]. Subsequent biosynthetic steps occur within
the mitochondrial matrix and are catalyzed by a set of
enzymes that modify the quinone ring. In eukaryotes,
these enzymes form a multiprotein complex associated
with the inner mitochondrial membrane [6]. This complex
is still poorly characterized in mammals, and the precise
sequence of reactions is not known [2].

Among the different genes coding the components of this
complex, COQ6 encodes a FAD-dependent monooxygenase
responsible for the addition of the hydroxyl group in position
C5 of the quinone ring [7].

CoQ biosynthesis is relevant for human diseases because
mutations in genes involved in CoQ biosynthesis cause
primary CoQ deficiency, a clinically heterogeneous group
of disorders. In particular, patients with mutations in COQ6
present with steroid-resistant nephrotic syndrome (SRNS)
associated with sensorineural deafness and a variable degree
of encephalopathy [8]. CoQ-deficient patients respond to
oral CoQ10 supplementation, making this one of the few
treatable mitochondrial disorders [9]. Therapy is however
still problematic; CoQ10 has a low bioavailability and very
high doses are required; moreover, not all patients seem to
respond adequately to treatment. Long-term follow-up data
in humans are not available, but in a mouse model of CoQ
deficiency, which recapitulates the human renal phenotype,
progression of the disease is observed in the long term,
despite treatment [10].

A possible solution to this problem is bypass therapy
using analogues of 4-HB, which provide the defective
chemical group and can reactivate endogenous CoQ bio-
synthesis [11, 12]. In the case of COQ6, it has been
shown in yeast mutants that 4-HB analogues such as
vanillic acid (VA) or 3-4-dihydroxybenzoate, which already
harbor a hydroxyl or methoxyl group in position 5 of the
ring, may bypass the COQ6 defect and restore endoge-
nous biosynthesis [7]. For this to occur, however, the
mutants must retain structural stability, in order to allow
formation of the multienzyme complex (in yeast, the
presence of each of its protein components is required
for the stability of the complex). COQ6 mutations found
in human patients have these characteristics, and when
expressed in S. cerevisiae, they are responsive to VA
[13], making this compound an attractive alternative for
patient treatment.

In this work, we report the generation of a cell line
lacking functional COQ6, which was used to test the effect
of VA supplementation.

2. Materials and Methods

2.1. Cell Culture and Reagents.HEK 293 cells were cultured at
37°C using DMEM 4.5 g/L glucose, L-glutamine (6mM)
(Gybco™) supplemented with sodium pyruvate solution
(1mM) (Sigma), an antibiotic/antimycotic solution (Sigma),
uridine (10μM) (Sigma), and 10% fetal bovine serum (FBS)
(Gybco™). When required, supplemental CoQ prediluted in
ethanol 100% was added to the medium at a final concentra-
tion of 100μM (coenzyme Q10, ≥98%, HPLC, Sigma) and
supplemental vanillic acid was added at a final concentration
of 500μM (vanillic acid, ≥97%, HPLC, Sigma.). For all
biochemical assays, cells were incubated for 48 hours in
DMEM containing 2mM glucose and 5% FBS, to force
mitochondrial respiration.

2.2. Generation of CRISPR Knockout Cell Lines. The
CRISPR/Cas9 constructs were purchased from transOMIC
technologies. We performed transfection by using Lipofecta-
mine 2000 (Life Technologies), according to the manufac-
turer’s instructions. Two pCLIP-All-EFS vectors, which
express Cas9 and the target gRNAs, together with the puro-
mycin resistance gene (TEVH-1164665: 3′-TCCTGTAGA
GAACCGTCACT-5′; TEVH-1097523: 3′-CTAGGGTAA
TATGAACCCAA-5′), were cotransfected into HEK293
cells. Cells were incubated in medium with 1,5μg/mL puro-
mycin for selection. Cell clones were obtained by cell sorting
into 96-well plates, cultured until confluence, and duplicated
for genotyping PCR. Culture media were supplemented with
CoQ10 and uridine as described [14]. Three positive clones
were expanded and mixed (1 : 1 : 1) to obtained a homoge-
neous cell population.

2.3. Construction and Transfection of Lentiviral Vectors. The
coding sequence of human COQ6 isoform a and isoform c,
the mutated sequence COQ6 G255R, and a negative control
expression sequence were transferred into the lentiviral
expression plasmid (pLenti6/V5-DEST™ Gateway™ Vector,
Invitrogen). To generate lentiviral particles, vectors were
cotransfected with packaging vectors (ViraPower Packaging
Mix, Invitrogen) into HEK293-FT cells using Lipofectamine
2000 (Life Technologies). Culture supernatants were har-
vested on day 3 and used to transduce HEK293 COQ6KO
cells. Selection was carried out as described [15].

2.4. GFP Fusion Vectors. A COQ6_Iso_c-GFP fusion gene
was constructed using the pEGFP-N1 as previously reported
[8], except that the forward primer employed was specific for
COQ6 isoform c (5′-TCTAAGCTTGCTATGCGGGGC
CAGGGTCCACC-3′). As the PCR template, we employed
the plasmid generated for the lentiviral construct. The
pEGFPN1-COQ6_Iso_c was used to transiently transfect
HeLa cells stably expressing mtRFP seeded on glass cover-
slips [16]. 48 hours after transfection, cells were examined
using a Zeiss Axio Imager M2 fluorescence microscope.
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2.5. Immunoblot Assay. Standard techniques were employed
for SDS-PAGE and Western blotting to PVDF membranes
using the antibody COQ6 12481-1-AP (Proteintech).
Peroxidase-conjugated anti-rabbit IgG was used as secondary
antibodies (Santa Cruz). Visualization of antibody protein
complexes was achieved by enhanced chemiluminescence
(LiteAblot Turbo, EuroClone) and the ChemiDoc™ XRS+
System (Bio-Rad).

2.6. Lipid Extraction and HPLC Analysis. Harvested cells
(1mg protein) were resuspended in 0.3mL of a 0.15M KCl
solution. Then, 200μL glass beads, 10μL of a 5μM UQ8
standard solution, and 3mL methanol were added. The tubes
were vortexed for 1min, 2mL petroleum ether (40-60°

boiling range) was added, and vortex was repeated for
1min. The tubes were centrifuged at 700 rpm for 1min, the
upper phase was collected, and the methanol phase was
extracted again with 2mL petroleum ether. Both petroleum
ether phases were combined and dried under a nitrogen flow,
and the lipid extracts were resuspended in 200μL ethanol.
HPLC analysis was conducted essentially as described [17]
with the following modifications. Samples corresponding to
0.2mg protein were injected onto the C18 column, and
separation was obtained at a flow rate of 1mL/min with a
mobile phase composed of 25% isopropanol, 45% methanol,
20% ethanol, and 10% of a solution composed of 90% (v/v)
isopropanol, 10% (v/v) 1 M ammonium acetate, and 0.1%
(v/v) formic acid. The precolumn electrode (5020 Guard Cell,
Thermo) was set either at +650mV (oxidizing mode) or at
-650mV (reducing mode). Mass spectrometry detection
was conducted in positive mode with electrospray ionization,
probe temperature of 400°C, and cone voltage of 80V. 4-
HP10 was detected with single-ion monitoring at m/z 806.5
(M+NH4

+) and its reduced form, 3-decaprenyl-1,4-benzo-
quinol, at m/z 808.5 (M+NH4

+).
CoQ10 biosynthesis rates were measured as previ-

ously described [18], by evaluating incorporation of 14C-
radiolabelled 4-HB.

2.7. Respiratory Chain Activities and ATP Levels. Activities of
mitochondrial respiratory chain complexes were measured as
described [19]. ATP levels in cells were determined using the
ATPlite Luminescence Assay System (PerkinElmer) accord-
ing to the manufacturer’s instructions and using a Victor3
(PerkinElmer) multilabel plate reader.

2.8. ROS Measurement. Intracellular ROS was measured
using two different assays. To measure the mitochondrial
redox state, we used the mitochondrially targeted redox-
sensitive GFP (roGFP) system [20]. A vector expressing
ro-GFP was transfected into the different cell lines using
Lipofectamine 2000 (Life Technologies). After 48 hours
of growth and treatment, fluorescence was measured in a
Victor3 (PerkinElmer) multilabel plate reader with an
excitation of 405nm and emission of 485 nm.

Total oxidant levels were measured using the oxidant-
sensitive fluorescent probe CM-H2DCFDA (Invitrogen).
ROS were detected using CM-H2DCF-DA, a chloromethyl
derivative of H2DCFDA. Cells were seeded onto 24mm

diameter glass coverslips placed in 6-well plates and cultured
in the appropriate medium as described above. 30min before
measurements, cells were loaded with CM-H2DCF-DA
(2.5μM) and then washed twice. All the steps were carried
out at 37°C with 5% CO2. The chambered coverslips were
transferred to a Leica (Wetzlar, Germany) DMI6000B micro-
scope, equipped with a digital camera. Fluorescence was
measured in 5-7 random fields per chamber. For each group,
4-6 chambers were analyzed. Fluorescence emission was
monitored by using 560 ± 20 nm excitation and 645 ± 37
nm emission filter setting. Data were acquired and analyzed
using MetaFluor software (Universal Imaging).

2.9. Measurement of Oxygen Consumption by the Seahorse
XF24 Extracellular Flux Analyzer. The oxygen consumption
rate (OCR) was determined using a Seahorse XF24 Extracel-
lular Flux Analyzer following the manufacturer’s instruc-
tions. 24 h before seeding the Seahorse plate, cells were
treated with vanillic acid or CoQ. 103 cells per well were
seeded onto poly-D-lysine-precoated (Sigma) Seahorse
24-well plates for 48 hrs. Then, medium was replaced for
2mM glucose DMEM and cells were incubated with this
medium for 24h. Prior to the measurements, medium was
replaced with Seahorse XF base medium supplemented with
2mM glucose, 2mM glutamine, and 1mM sodium pyruvate
and incubated for 1 hr at 37°C without CO2. OCR was
measured under basal conditions and after the sequential
addition of oligomycin (1μM), FCCP (0.2μM), rotenone
(1μM), and antimycin A (2.5μM). To normalize respiration
rates, cells were harvested and counted after the assay.

2.10. In Silico and Statistical Analyses. The structure of
human COQ6 was modelled on that of P. fluorescens para-
hydroxybenzoate hydroxylase (Protein Data Bank code
1PBE) as reported [13]. Statistical analyses were performed
as described [21].

3. Results

3.1. COQ6 Is Essential for CoQ10 Biosynthesis in Mammalian
Cells. Wild-type HEK293 cells were transfected with the
CRISPR-Cas9 constructs, and after selection, individual
clones were genotyped. All analyzed clones harbored a
deletion of 75 nucleotides (Figure 1(a)), which caused a dele-
tion of 25 amino acids (Figure 1(b)) in a region of the protein
which participates to the FAD-binding site (Figure 1(c)) and
is contained in all three isoforms of human COQ6.

Western blot analysis of the mixed clones did not detect
residual COQ6 protein (Figure 1(d)), and when the mutant
cDNA was expressed in delta coq6 yeast, VA could not rescue
growth in nonfermentable media (not shown). These results
indicate that the deletion results in an inactive, unstable
protein. From now, we will refer to these cells as COQ6Δ25.

CoQ10 levels were markedly reduced in COQ6Δ25 cells
compared to wild-type cells (Figure 1(e)). Incorporation of
14C-labelled 4-HB was virtually undetectable (Figure 1(f)),
indicating that, in analogy with what we observed in
COQ4KO cells [22], the residual CoQ10 detected in these cells
is not produced endogenously but it is derived from the
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medium. The chromatogram showed an additional radioac-
tive peak present only in COQ6Δ25 cells, which eluted faster
than CoQ10 (Figure 1(f)).

Activities of individual respiratory chain enzymes were
normal; however, combined activity of complexes II and III
was markedly reduced in these cells, consistent with severe
CoQ10 deficiency (Figure 1(g)). ATP levels were also mark-
edly reduced (see below). Complex I + III activity was not
assayed as results are unreliable in cultured (even when

mitochondria-enriched preparations are used), due to the
residual high levels of rotenone-insensitive activity [19].

3.2. COQ6Δ25 Cells Accumulate 3-Decaprenyl-1,4-
benzoquinone. To characterize the additional product
detected in COQ6Δ25, we analyzed lipid extracts from WT
and COQ6Δ25 cells by HPLC-MS. Electrochemical detection
confirmed a marked reduction of CoQ10 in COQ6Δ25 cells
and the presence of an electroactive compound that eluted
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Figure 1: (a) PCR amplification of the COQ6 genomic region targeted by the CRISPR/Cas9 nucleases showing the 75 bp deletion in
CRISPR/Cas9-treated cells. (b) Alignment of COQ6 proteins from different species. Boxed are the 25 amino acids affected by the deletion.
The numbers refer to the human protein. (c) Three-dimensional structure of human COQ6. In red are the deleted amino acids,
and in yellow are the bound FAD molecules. (d) Western blot analysis in wild-type and COQ6Δ25 cells. (e) Steady-state CoQ10
levels in wild-type and COQ6Δ25 cells. (f) 14C 4-HB incorporation in wild-type and COQ6Δ25 cells. The peaks corresponding to
oxidized and reduced CoQ10 are virtually undetectable in COQ6Δ25 cells. An additional peak (red arrow) is present in COQ6Δ25
cells. (g) Respiratory chain enzyme activities normalized to citrate synthase activity of COQ6Δ25 cells. Data are expressed as
percentage of activity of control cells.
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at 10.4min, right after CoQ10 (Figure 2(a)). This compound
was characterized by HPLC-coupled mass spectrometry,
and mass scanning (m/z 600-900) showed a prominent ion
at 806.5 around 10.4min (data not shown). A signal at
10.4min was indeed specifically obtained in COQ6Δ25 cells
with single-ion monitoring for m/z 806.5 (Figure 2(b)), a
mass (M+NH4

+) compatible with that of 3-decaprenyl-
1,4-benzoquinone (4-HP10). Upon shifting the precolumn
electrode to a reducing mode, the signal at m/z 806.5 disap-
peared (Figure 2(b)) and a signal at m/z 808.5 appeared at
5.8min (Figure 2(c)), consistent with the two-electron reduc-
tion of 4-HP10. Overall, these data show that the impairment
of CoQ10 biosynthesis in COQ6Δ25 cells leads to the accu-
mulation of 4-HP10, in agreement with the accumulation of
4-HP6 previously reported in yeast Δcoq6 cells [7].

3.3. COQ6 Isoform c Does Not Rescue CoQ10 Biosynthesis. At
least three different COQ6 isoforms exist in human cells:
the most represented transcript (with GenBank accession
NM_182476) encodes isoform a, but there are two addi-
tional transcripts (isoforms b and c), which are present
at lower levels in cells and encode different proteins [8].
We have previously shown that isoform b, which contains
an alternative first exon (exon 1b) and lacks exon 3, is not
active [13]. Isoform c (accession NM_182480) differs from
isoform a only for the first exon and is still predicted to
contain a mitochondrial-targeting sequence, but it is not
clear if it encodes an active enzyme (Figure 3(a)). We
employed our model to investigate the role of isoform c.
Using lentiviral vectors, we expressed either isoform a or
isoform c in COQ6KO cells. After selection, cells were

incubated in DMEM containing 2mM glucose for 48 hrs.
Only isoform a rescued complex II and III activity (and
thus CoQ production), whereas isoform c had no effect
(Figure 3(b)). We also checked the subcellular localization
of isoform c using a C-terminal GFP fusion construct,
analogous to what we had previously employed for isoform
a. As seen in Figure 3(c), the fusion protein colocalizes with
mitochondrially targeted red fluorescent protein (mtRFP),
indicating that the lack of complementation is not due to
faulty mitochondrial targeting. We noted that some dif-
fuse, faint green florescence can be observed also in the
cytosol. This could reflect the fact that, physiologically, a
certain proportion of COQ6 isoform c is not imported into
mitochondria but it could also be an artifact due to overex-
pression or to the presence of GFP.

3.4. Vanillic Acid Restores CoQ10 Biosynthesis, Cellular
Respiration, and ATP Production in COQ6Δ25 Cells. VA
differs from 4-HB for the presence of a methoxyl group in
position C5 (Figure 4(a)). To test the possibility of bypassing
the COQ6 defect in mammalian cells, we incubated different
cell types with either CoQ10 or VA. We found that VA
restored II + III activity in COQ6Δ25 cells transduced with
the G255R point mutant, but also in cells transformed with
the empty vector, indicating that contrary to what hap-
pens in yeast, rescue is not restricted to inactive but
structurally stable alleles but it occurs also with null
mutants. CoQ10supplementation had a similar effect on
II + III activity (Figure 4(b)). Direct measurement of
CoQ10 levels confirmed this finding (Figure 4(c)). We
noted that the G255R mutant displays relatively high
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Figure 2: (a) HPLC electrochemical detection analyses (with precolumn electrode in oxidizing mode) of lipid extracts from wild-type
(WT) and COQ6Δ25 cells (0.2mg protein) with UQ8 used as standard. UQ10 and 4-HP10 have different retention times as shown
by the dotted lines. (b, c) Single-ion monitoring ((b) m/z 806.5, (c) m/z 808.5) in HPLC mass spectrometry analyses of lipid
extracts from WT and COQ6Δ25 cells (0.2 μg protein) with the precolumn electrode set in oxidizing mode (ox) or reducing mode
(red). The chemical structures of (b) 3-decaprenyl-1,4-benzoquinone and (c) 3-decaprenyl-1,4-benzoquinol are shown.
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basal II + III activity but this is consistent with the fact
that it is a hypomorphic allele [13] and that the lentiviral
vector that we are using is probably overexpressing the
transgene since it uses the strong CMV promoter. ATP
levels were markedly reduced in COQ6Δ25 cells, but after
VA supplementation, they were virtually normal
(Figure 4(d)). VA treatment could also restore coupled
respiration in COQ6Δ25 cells (Figures 4(e) and 4(f)). In
untreated cell, this value was about 10% of the wild type,
in line with what we reported for COQ4KO cells. The
residual respiration is probably due to the presence of a

small amount of exogenous CoQ collected from the
serum in cell culture media [22].

3.5. VA but Not CoQ10 Normalizes ROS Production in
COQ6Δ25 Cells. Because of the role of CoQ as an antioxidant,
we studied the effect of VA supplementation on ROS pro-
duction in COQ6Δ25 cells. In accordance with previously
reported data [23], we did not detect a significant increase
of mitochondrial ROS production using mitochondrially
targeted ro-GFP (Figure 5(a)). Conversely, when we employed
a different system, based on the CM-H2DCFDA probe,
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which measures total cellular ROS [24], we found increased
levels in the COQ6Δ25 cells. VA treatment was able to
decrease ROS to basal levels, while CoQ supplementation
was only partially effective (Figures 5(b) and 5(c)).

4. Discussion

Bypass therapy is a promising alternative to conventional
CoQ supplementation for patients with primary CoQ
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Figure 4: (a) Structure of VA compared to 4-HB the physiological precursor of CoQ. (b) Complex II + III activity in COQ6Δ25 cells
transduced with COQ6 isoform a (Iso a), the G255R mutant, and the empty vector (EV), before and after supplementation with VA or
CoQ10; n.s.: nonsignificant. (c) Steady-state CoQ10 levels and (d) ATP levels in WT and COQ6Δ25 cells after supplementation with VA
for 48 hours; a.u.: arbitrary units. (e) Oxygen consumption rate (OCR) profiles in WT and COQ6Δ25 cells treated with VA or CoQ,
determined using a Seahorse XF24 Extracellular Flux Analyzer. The arrows indicate the addition of the individual inhibitors. (f) The same
data represented as histograms.
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deficiency and has been successfully tested in mouse models
of COQ7 and COQ9 defects [25, 26] and in cells of patients
with COQ7 mutations [27, 28]. In particular, mice with a
conditional ablation of the Coq7 gene (which encodes the
C6-hydroxylase catalyzing the penultimate step of CoQ bio-
synthesis) at 2 months of age developed severe, multiorgan
CoQ deficiency, which lead to death after 9 months. If these
animals were treated immediately before death with 2,4-
dihydroxybenzoate (2,4-DHB), a compound similar to VA
which can bypass the Coq7 defect, CoQ biosynthesis was
restored and the animals recovered virtually all symptoms
and displayed a normal lifespan [26].

In this work, we have generated a cell line lacking
functional COQ6 using a genome-editing approach. We are
aware that this model has some limitations. We obtained an
in-frame deletion, which could still produce some folded
protein (below the threshold of detectability of our assays),
and we could not rule out off-target effects, even though
reexpression of the wild-type cDNA corrected the biochemi-
cal phenotype of these cells.

Using this model, we showed that VA can restore CoQ10
endogenous biosynthesis in human cells lacking COQ6. VA
is a very attractive compound for use as a therapeutic agent
in patients for several reasons. In vivo, it can be produced
in the liver through oxidation of vanillin [29, 30], which is
commonly used as a flavoring agent by the food industry.
Vanillin is considered nontoxic and safe for human use by

the FDA and has a good bioavailability. VA can cross the
blood brain barrier efficiently [31], thus overcoming one of
the major limitations of oral CoQ supplementation.

Moreover, we show that in our cellular model, VA can
correct cytosolic ROS production, which is increased in
COQ6Δ25 cells and is only partially reduced by CoQ supple-
mentation, confirming the observation that in C. elegans
reactivation of endogenous biosynthesis is superior to CoQ
supplementation [32]. These data are not in contrast with
previous results in patients’ cultured fibroblasts [23]. Exoge-
nous CoQ10 enters the cells through the brefeldin A-sensitive
endo-exocytic pathway, and it is mainly incorporated into
the endolysosomal fraction and also in mitochondria-
associated membranes and mitochondria. The better per-
formance of VA compared to CoQ could be explained
by the fact that VA restores the production of endogenous
CoQ, which is then delivered to the appropriate subcellular
compartments at optimal concentration.

Our work highlights other important points regarding
COQ6 function in mammalian cells. COQ6 isoform c cannot
rescue CoQ biosynthesis when expressed in COQ6Δ25 cells,
suggesting that it does not encode an active protein. This
finding is critical for the correct interpretation of genomic
analyses in patients. In fact, COQ6 exon 1b is targeted
by most exome analysis kits and the gnomAD database
(http://gnomad.broadinstitute.org/gene/ENSG00000119723)
lists several possible loss-of-function mutations within this
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Figure 5: (a) Mitochondrial ROS evaluated using mitochondrially targeted ro-GFP. (b, c) Total cellular ROS evaluated using the
CM-H2DCFDA probe (see methods for details). (c) Representative photomicrographs of the same cells (magnification ×40).
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exon. One of them NM_182480:c.41G>A p.(Trp14∗) occurs
with a minor allelic frequency of 0.05 in Africans and is
present also in the homozygous state in apparently normal
individuals. Overall, these observations indicate that COQ6
isoforms b and c are not essential and are not involved in
CoQ deficiency. A regulatory function has been postulated
for other inactive isoforms of COQ genes [33–35], but to date,
no clear proof of these hypotheses has been provided yet.

The exact order of reactions that carry out the modifica-
tions of the aromatic ring of CoQ is still unclear in eukary-
otes. Generally accepted models indicate that the C5
hydroxylation catalyzed by COQ6 is the first reaction to
occur after the condensation of 4-HB with the polyisoprene
tail [36]. However, the fact that COQ6 knockout cells (both
human and yeast) accumulate 4-HP, a compound that is dec-
arboxylated and hydroxylated in position C1 of the ring,
indicates that these reactions (which are carried out by still
unidentified enzymes) occur before or independently on C5
hydroxylation. Furthermore, this result also confirms the
notion that C1 hydroxylation is not catalyzed by COQ6 [7].
The identification of the enzymes that catalyze these biosyn-
thetic steps will be critical to validate this hypothesis. Figure 6
depicts a possible model of CoQ biosynthesis in mammals
according to our data.

VA was able to restore biosynthesis even in the presence
of a nullmutant, implying that, contrary to yeast, mammalian
cells can assemble the biosynthetic complex even in the
absence of COQ6. Therefore, data obtained in yeast about
complex assembly and stability should be extrapolated with
caution to mammalian cells.

An open issue is whether all COQ6 mutations could be
responsive to VA. In the case of COQ7, the response to
bypass therapy with 2,4-DHB was more evident when CoQ
biosynthesis was severely impaired, rather than when the
defect was relatively mild [28]. In the case of COQ6, VA

was effective in both situations (CoQ biosynthesis was
virtually absent in COQ6Δ25 as in COQ7KO cells, while
the biosynthetic defect in cells expressing the G255R mutant
was similar to that found in cells with the mild COQ7
[M103T+L111P] allele). This peculiar behavior of COQ7
mutants was attributed to the fact that 2,4-DHB has also an
inhibitory action on CoQ biosynthesis [28]. Conversely, VA
apparently has no inhibitory effects on the pathway and it
is reported to stimulate biosynthesis of other COQ proteins
[11]. We have tested the majority of known human muta-
tions in a yeast model, and they all appeared to be responsive
to VA [13]. Nevertheless, before attempting to treat patients
with VA, one should consider to assay the efficacy of the
compound in cell lines (primary fibroblasts or lymphoblas-
toid cells) obtained directly from the patient.
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The effective delivery of antioxidants to the cells is hindered by their high metabolization rate. In this work, quercetin was
encapsulated in poly(lactic-co-glycolic) acid (PLGA) nanoparticles. They were characterized in terms of its physicochemical
properties (particle size distribution, ζ-potential, encapsulation efficiency, quercetin release and biological interactions with
cardiac cells regarding nanoparticle association, and internalization and protective capability against relevant challenges). A
better delivery of quercetin was achieved when encapsulated versus free. When the cells were challenged with antimycin A, it
resulted in lower mitochondrial O2

- (4.65- vs. 5.69- fold) and H2O2 rate production (1.15- vs. 1.73- fold). Similarly, under
hypoxia-reoxygenation injury, a better maintenance of cell viability was found (77 vs. 65%), as well as a reduction of thiol
groups (~70 vs. 40%). Therefore, the delivery of encapsulated quercetin resulted in the preservation of mitochondrial function
and ATP synthesis due to its improved oxidative stress suppression. The results point to the potential of this strategy for the
treatment of oxidative stress-based cardiac diseases.

1. Introduction

Cardiac ischemia-reperfusion (I-R) injury is the paradoxical
cellular damage upon reperfusion of ischemic tissue. This
condition is to be considered a main contributor to heart
damage in clinical conditions such as acute myocardial
infarction or sudden death after a cardiac transplant [1, 2].
The pathophysiological mechanisms of I-R injury are com-
plex and incompletely understood, and an effective treatment
is currently unavailable [3]. It is relevant to note that mito-
chondrial reactive oxygen species (ROS) and calcium over-
load are considered key triggers of I-R damage.

Ischemia-related mitochondrial dysfunction is thought to
result in substantial anion superoxide (O2

-) production upon
the reintroduction of oxygen. Both increased ROS and mito-

chondrial Ca2+ overload triggers the opening of the mito-
chondrial permeability transition pore (mPTP), leading to
cell damage and a permanent loss of ATP production [4].

Under these circumstances, the prevention of increased
ROS in cells may therefore impede the effects associated with
an I-R injury. Options to reduce ROS production can be
found in naturally occurring flavonoids, due to their antiox-
idant properties. Among the flavonoids, quercetin is one of
the most abundant dietary flavonoids [5], having ROS scav-
enging capabilities and inhibiting ERK, MAP kinase, and
Bmi-1 under ROS-generated cardiomyopathy [6]. The latter
quercetin effects occur due to the activation of SIRT1, which
is also related to the transcription of the antioxidant enzymes
superoxide dismutase and catalase [7]. However, such effects
have been found in human studies, with limited results [8].
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This occurs in light of the low bioavailability and high meta-
bolization rate of quercetin [9]. Therefore, protecting querce-
tin from degradation and increasing its bioavailability are
desired qualities that can be achieved by its encapsulation
in nanoparticles (NPs). Poly(lactic-co-glycolic) acid (PLGA)
NPs are a performant platform, due to their biocompatibility,
capability of tuning a controlled release rate for the encapsu-
lated active compound, and high versatility for surface func-
tionalization [10]. For example, this platform has been used
to deliver cyclosporine A, an inhibitor of the opening of the
mPTP, during cardiac damage, showing promising results
[11].

The purpose of this study is to assess the delivery capabil-
ity of quercetin from PLGA NPs into H9c2 cells, a surrogate
model of cardiac cells, in a model of hypoxia-reoxygenation
(H-R) injury. The results confirm a superior protection capa-
bility of PLGA-quercetin NP with respect to free quercetin.
These results are based on improved antioxidant properties,
decreasing cell death after H-R injury and preserving mito-
chondrial membrane potential (ΔΨm) and ATP synthesis.
The results are also being studied in light of the NP internal-
ization dynamics and the quercetin release rate, highlighting
their potential use as a therapeutic strategy against I-R injury.

2. Materials and Methods

2.1. Reagents. All chemical reagents, cell culture media and
supplements, and fluorescent probes were purchased from
Sigma-Aldrich (St. Louis, MO, USA), unless otherwise stated.

2.2. Nanoparticle Synthesis. PLGA nanoparticles (NPs) were
synthetized through an oil-in-water protocol. Briefly, 40mg
of 50 : 50 poly(DL-lactide-co-glycolide) (PLGA, #B6010-2,
LACTEL, Birmingham, LA, USA) were dissolved in 2mL of
acetone (J.T. Baker, CAS 67-64-1). Then, the solution was
added dropwise into a flask with 8mL of ultrapure H2O pH
3.5 under probe sonication (Qsonica Q700, 1/8″ tip) at
20% amplitude for 2 minutes in an ice bath. Afterwards, the
NP solution was added to 30mL of poly(vinyl alcohol)
(PVA, #341584, CAS 9002-89-5) 0.1% (w/v) under magnetic
stirring. Three hours later, the NPs were recovered via a cen-
trifugation and washing procedure. PLGA-quercetin or
PLGA-FITC NPs were obtained with the same protocol, mix-
ing either quercetin (#Q4951, CAS 117-39-5) or fluorescein
isothiocyanate (FITC, #F3651, CAS 27072-45-3), respec-
tively, with PLGA when it is in the acetone.

2.3. Nanoparticle Characterization

2.3.1. Particle Size Distribution. Transmission electron
microscopy (TEM) was used to quantify the particle size dis-
tribution (PSD) of dry NPs. The PSD was constructed by
measuring the Feret diameter of several individual NPs. Mea-
surements were done in a FEI-TITAN 80-300 kV with a 300
kV electron beam. Samples were mounted on Cu grids coated
with lacey carbon. Dynamic light scattering (DLS) was used
to quantify the PSD of NPs in ultrapure H2O. Their PSD
was obtained from the NP hydrodynamic diameter ensem-
ble, which was determined by fitting the intensity autocorre-
lation function with the Contin method. Measurements were

done in a Malvern Zetasizer Nano ZS90 (Malvern Instru-
ments, Malvern, UK).

2.3.2. Surface Charge. Electrophoretic light scattering (ELS)
was used to determine the zeta potential of the NPs dispersed
in ultrapure H2O using the Smoluchowski approximation.
Measurements were done in a Malvern Zetasizer Nano
ZS90 (Malvern Instruments, Malvern, UK).

2.3.3. Quercetin Encapsulation Efficiency. Absorbance mea-
surements were done to quantify the quercetin encapsulated
in the PLGA-quercetin NPs, as well as quercetin left in the
supernatant after the centrifugation and washing procedure.
The NPs were dissolved with DMSO, and the supernatant
was thoroughly vortexed previous to the measurement.
Absorbance was assessed at 380nm, and quercetin quantifi-
cation was done with respect to a calibration curve. Measure-
ments were done in a microplate fluorescence
spectrophotometer Synergy HT (BioTek Instruments,
Winooski, VT, USA). Quercetin encapsulation efficiency
was calculated as

EE % = 100 ∗
mgof Quercetinencapsulated

mg of Quercetinencapsulated + Quercetinsupernatant
1

2.3.4. Quercetin Release from Nanoparticles. PLGA-quercetin
NPs were suspended in 10mL of Tyrode (in mM: 128 NaCl,
0.4 NaH2PO4, 5 glucose, 5.4 KCl, 0.5 MgCl-6H2O, and 25
HEPES) either at pH 7.4 or at pH 5.5. The suspension was
fractionated in microtubes with 1.2mL and shaken on a
Thermomixer comfort (Eppendorf AG, Hamburg, Germany)
at 700 rpm and 37°C. Microtubes were recovered at specific
times, recovering the NPs by centrifugation, discarding the
supernatant, dissolving the NP pellet with DMSO, and quan-
tifying quercetin at 380 nm with respect to a calibration
curve. Quercetin release was determined by comparing each
time measurement with the 0 h measurement. Measurements
were done in a microplate spectrophotometer Synergy HT
(BioTek Instruments, Winooski, VT, USA). The release pro-
files were fitted to a cumulative Weibull distribution:

rQ t = 1 − exp −
t

tscale

a

, 2

where rQ t is the released quercetin as a function of time, a
is the shape parameter, and tscale is the exponential scale
parameter.

2.3.5. Encapsulated and Free Quercetin Stability. PLGA-quer-
cetin NPs or quercetin were suspended in 9mL of Tyrode (in
mM: 128 NaCl, 0.4 NaH2PO4, 5 glucose, 5.4 KCl, 0.5 MgCl-
6H2O, and 25 HEPES, pH 7.4). The suspension was fraction-
ated in 1.2mL microtubes and shaken on a Thermomixer
comfort (Eppendorf AG, Hamburg, Germany) at 700 rpm
and 37°C. Microtubes were recovered at specific times, and
NPs were recovered by centrifugation, and then, supernatant
was discarded, dissolving the NP pellet with DMSO. Querce-
tin was evaluated from an aliquot of the microtube. Both
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encapsulated and free quercetin were quantified from 300 to
600nm in a Synergy HT microplate spectrophotometer (Bio-
Tek Instruments, Winooski, VT, USA).

2.4. Nanobiointeractions and Viability under H-R Injury to
Cardiac Cells

2.4.1. Cell Culture. Neonatal rat ventricular myoblast H9c2
cell line (CRL-1446) was purchased from ATCC (Manassas,
VA, USA). Cells were grown in Dulbecco’s modified Eagle’s
medium (DMEM) (D7777) and supplemented with 10% fetal
bovine serum (FBS) (Biowest, Riverside, MO, USA) and 1x
penicillin-streptomycin (Gibco, Dún Laoghaire, Dublin, Ire-
land) in a humidified incubator at 37°C with 5% CO2 and
95% air.

2.4.2. Nanoparticle Association and Internalization. Nano-
particle association to H9c2 cells was determined in dose
dependence and time dependence using a BD FACSCanto
II flow cytometer (BD Biosciences, Heidelberg, Germany).
Cells were incubated with PLGA-FITC NPs or FITC at differ-
ent doses and times. Afterwards, cells were trypsinized and
resuspended in Tyrode solution (in mM: 5.4 KCl, 128 NaCl,
0.4 NaH2PO4, 0.5 MgCl2, 25 HEPES, 1.0 CaCl2, and 5 glu-
cose). Cell association of nanoparticles was determined by
analyzing the change in fluorescence (FITC). Cells were gated
on single events and viable cells. Gating and fluorescence
analysis were done using FlowJo (Treestar, Oregon, USA).

Cell internalization of NPs was determined by seeding
H9c2 cells into glass coverslips. Cells were incubated with
PLGA-FITC NPs for 24 h, followed by fixation and stain-
ing of cellular structures. Briefly, after PLGA-FITC incuba-
tion, cells were fixed using 4% paraformaldehyde in PBS
buffer for 25min. Then, cells were blocked with 2% bovine
serum in PBS for 20min. Afterwards, the actin filaments
of the cytoskeleton were stained with Alexa Fluor 568-
conjugated phalloidin (Life Technologies, Grand Island,
NY), and the nuclei were stained with DRAQ5 (Thermo
Fisher) for 20min at room temperature. Finally, glass
coverslips were mounted onto glass slides with VECTA-
SHIELD mounting media (Vector Laboratories, Burlin-
game, CA). Fluorescence was assessed by confocal
microscopy, using a Leica TCS SP5 confocal microscope
equipped with a D-apochromatic 63X, 1.2 NA, oil objec-
tive (Leica Microsystems, Wetzlar, Germany). FITC was
assessed using an Ar laser at 488nm (excitation), and
emission was acquired at 517nm with a bandwidth of
22 nm. Phalloidin was assessed using a He-Ne laser at
543nm (excitation), and emission was acquired at
590nm with a bandwidth of 40 nm. DRAQ5 was assessed
using a He-Ne laser at 633 nm (excitation), and emission
was acquired at 733 nm with a bandwidth of 65 nm. For
all samples, optical section images were acquired as a Z-
stack with 1μm between the stacks, from the bottom to
the top of the cells. All settings were maintained unaltered
between images and from all cell conditions. Additionally,
the background noise levels, brightness, and contrast
adjustments were applied the same for all images.

Time-dependent experiments were fitted to a logistic
function:

y t = A1 + A2 − A1
1 + t/t0 p , 3

where A1 is the basal fluorescence, A2 is the maximum mea-
sured fluorescence, t is the time, t0 is the time when 50% fluo-
rescence between A1 and A2 is achieved, and p is a constant
modulating the steepness of the logistic function.

Dose-dependent experiments were fitted to an exponen-
tial model:

y x = A + B 1 − expx/k , 4

where A is the basal fluorescence of the cells, B is a normali-
zation constant to the exponential model, x is the applied
dose, and k is the exponential scale parameter.

2.4.3. Hypoxia-Reoxygenation Model. A hypoxia challenge
was given to trypsinized cardiomyoblasts, according to pre-
vious studies [12]. The cells were washed with Tyrode with-
out glucose and incubated with an ischemic Tyrode (IT)
solution simulating ischemic conditions (in mM: 135 NaCl,
8 KCl, 0.5 MgCl2, 0.33 NaH2PO4, 5 HEPES, 1.8 CaCl2, and
20 Na+ lactate, pH 6.8) [13] and transferred into an anaero-
bic chamber with an oxygen level < 1% at 37°C. After 3 h,
cells were washed and incubated with Tyrode and 1.8mM
CaCl2 and transferred into an incubator in normoxic condi-
tions (37°C with 5% CO2 and 95% air) for 1.5 h for reoxy-
genation, see Figure 1.

2.4.4. Cell Viability and Cell Death Mechanisms. Cell viability
was assessed under different doses of PLGA-quercetin or free
quercetin. H9c2 cells were seeded at 1 × 103 cells per well in
96-well plates and 72 h later were given treatments, incubated
for 24 h. At the end of the incubation period, cell viability was
determined by the Alamar blue viability test (Life Technolo-
gies, Carlsbad, CA). Measurements were done in a micro-
plate fluorescence spectrophotometer Synergy HT (BioTek
Instruments, Winooski, VT, USA). Dose-dependent viability
was fitted to an exponential model:

y x = A − B exp−x/k, 5

where A is the maximum viability of the cells after H-R
injury, B is the viability amplitude, x is the applied dose,
and k is the exponential scale parameter.

Apoptotic cells were measured by flow cytometry using
Annexin V and 7-AAD staining. Briefly, cells were
resuspended in Tyrode solution with 2.5 mM Ca2+, stained
with an Annexin V Apoptosis Detection Set PE-Cy7
(eBioscience), and incubated for 10min. Then, they were
washed and resuspended in Tyrode solution with 2.5 mM
Ca2+, stained with 7-AAD, and incubated for 5min. Stained
cells were then analyzed by flow cytometry using a FACS-
Canto II (BD Biosciences). Fluorescence compensation was
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performed postacquisition by using FlowJo V10.0 (Treestar).
Apoptotic cells were identified as Annexin V (+)/7-AAD (-).

For caspase activity measurements, H9c2 cells were
seeded at 1 × 103 cells per well in 96-well plates and 72h later
were given treatments of PLGA-quercetin or free quercetin.
After 24h of incubation, the activities of caspases 3 and 7
were measured using the Caspase-Glo 3/7 assay (Promega,
Madison, WI, USA), according to the manufacturer’s proto-
cols. Measurements were done in a microplate fluorescence
spectrophotometer Synergy HT (BioTek Instruments,
Winooski, VT, USA).

2.5. Oxidative Stress and Mitochondrial Function

2.5.1. Reactive Oxygen Species Assessment. Mitochondrial
anion superoxide (O2

-) production was assessed in cardio-
myoblasts with MitoSOX Red (Thermo Fisher Scientific).
Briefly, cells were detached with Trypsin (L0931, Biowest,
Missouri, USA); then, the cells were recovered by centrifuga-
tion and incubated in Tyrode with 5μMMitoSOX for 30min
at 37°C. Then, the cells were washed with Tyrode and 2.5 mM
CaCl2 solution. Finally, each sample was stimulated with
20μg/mL antimycin A (AA) and measured 60min later with
a BD FACSCanto II flow cytometer (BD Biosciences, Heidel-
berg, Germany). Hydrogen peroxide was measured in cardi-
omyoblasts with Amplex Red (Thermo Fisher Scientific).
Briefly, the cells were detached with Trypsin (L0931, Bio-
west, Missouri, USA); then, the cells were recovered by cen-
trifugation and resuspended in a respiratory medium (in
mM: 150 sucrose, 50 KCl, 2 KH2PO4, and 20 Tris-HCl, pH
7.3) with 40μM digitonin, 50μM Amplex Red, and
1.5U/mL horseradish peroxidase. Measurements were done
in a microplate fluorescence spectrophotometer Synergy
HT (BioTek Instruments, Winooski, VT, USA). Data was
fitted to a Gaussian model:

y x = y0 + Ae −0 5 x−xc /w 2
, 6

where y0 is the offset, A is the amplitude, x is the dose of
quercetin, xc is the center of the peak, and w is the width
of the peak proportional to its full width at half maximum
(FWHM).

2.5.2. Mitochondrial Respiration.Mitochondrial oxygen con-
sumption rate (OCR) and membrane potential (ΔΨm) were
measured in parallel with an Oroboros Oxygraph-2k. For
mitochondria measured from H9c2 cells, they were obtained
after cell trypsinization, collection by centrifugation, and
application of 40μM of digitonin. The experiments were car-

ried out in a respiration assay medium containing 125 KCl,
10 HEPES-HCl, and 3 KH2PO4 (in mM) with pH 7.3. State
4 respiration was measured in the presence of 10mM-
2μg/mL succinate-rotenone. Maximal respiration was deter-
mined with 0.08μM of carbonyl cyanide-4-(trifluoro-
methoxy)phenylhydrazone (FCCP). The mitochondrial
membrane potential was measured in parallel by fluorometry
using 5μM safranine [14].

2.5.3. Thiol Determination. Cells were detached with trypsin,
washed with phosphate-buffered saline, and counted in the
hemocytometer using the trypan blue exclusion dye. Cells
(105) were suspended in Tris-HCl 200 mM pH 8.1, SDS
1%, EDTA 10 mM; after solubilization, 5,5′-dithiobis (2-
nitrobenzoic acid) (DTNB) was added to reach 1 mM in
the reaction (final volume 0.2mL). After 10 minutes of color
developing, absorbance was recorded at 412 nm using a mul-
tiwell plate reader. The extinction coefficient used is 14140
(that of the product of the reaction: 2-nitro-5-thiobenzoate
anion at pH 8.1) to calculate the molar content of sulfhydryl
groups. The molar determinations were corroborated using
N-acetyl-L-cysteine in a calibration curve.

2.5.4. ATP Assay. Intracellular ATP content was measured
using the CellTiter-Glo Luminescent Assay (Promega, Mad-
ison, USA), according to the manufacturer’s protocol. The
ATP content is expressed as luminescence relative units
(LRU). Measurements were done in a microplate fluores-
cence spectrophotometer Synergy HT (BioTek Instruments,
Winooski, VT, USA).

2.5.5. Statistical Analysis. All results were obtained from
three independent (n = 3) measurements, unless otherwise
stated. Data were analyzed by a one-way ANOVA followed
by a Tukey multiple comparison tests. Data are presented
as mean ± SEM (standard error of the mean). A P value <
0.05 was considered of statistical significance.

3. Results

3.1. Spherical PLGA-Quercetin NPs Encapsulate Quercetin
Efficiently and Have a pH-Dependent Sustained Release.
PLGA NPs have a sphere-like morphology with an average
Feret diameter of 90 ± 8 9 nm. Similarly, PLGA-quercetin
NPs have a sphere-like morphology with an average Feret
diameter of 157 ± 12 8 nm. See Supplementary Figure 1 for
representative micrographs. A schematic of the NP is
presented in Figure 2(a). When dispersed in water, PLGA
and PLGA-quercetin NPs have an average hydrodynamic
diameter of 90 ± 3 nm and 165 ± 7 5 nm, respectively, as

Alamar blue
Caspase 3,7

Thiols
H2O2 production

Oxygen consumption rate
Membrane potential

ATP

PLGA-quercetin
Quercetin
(24 h incubation)

Hypoxia
(3 h, O2 < 1%)

Reoxygenation
(1.5 h)

Mitochondrial
function

Cell viability

Oxidative stress

Assessments

Figure 1: Schematic of the H-R protocol and assessments performed at a cellular and mitochondrial level.
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Figure 2: Physicochemical characterization of PLGA-quercetin NPs. (a) Cartoon of expected PLGA-quercetin structure. Representative plots
of (b) PSD measured by DLS, (c) surface charge measured by ELS, and (d) encapsulation of quercetin in NPs by absorbance spectroscopy. (e)
Release profile of quercetin from PLGA-quercetin NPs as a function of time and pH. Fittings (green lines) were based on equation (2).
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evaluated from number distribution; see Figure 2(b) for a
representative plot. The average surface charge of the PLGA
and PLGA-quercetin NPs were −30 7 ± 1 2 and −28 8 ± 1 2
mV, respectively; see Figure 2(c) for a representative plot.
By dispersion of PLGA-quercetin in DMEM culture media
or DMEM+10% FBS, the cell culture media of these cells
revealed a 17 and 3% increase in hydrodynamic diameter
and a 21 and 9% increase in ζ-potential, respectively.
Table 1 summarizes all these data.

Quercetin (see molecular representation in the inset of
Figure 2(d)) was incorporated into PLGA NPs with an
encapsulation efficiency and drug loading of 98 15 ± 0 5%
and 7 48 ± 1 87%, respectively, as evaluated at its absorp-
tion wavelength of 380 nm, using equation (1); see
Figure 2(d) for a representative plot. The release of quer-
cetin from PLGA NPs was studied in physiological media
at pH 7.4 and 5.5 (see Figure 2(e)) showing a controlled
release based on pH. At pH 7.4, the release was sustained
and reached 100% at 336 h (2 weeks), while at pH 5.5, the
maximum release was 10%, reaching this level in the first
hour and staying as such afterwards. The release profiles
were fitted to a Weibull distribution, where the tscale at
pH 7.4 is 122 h, and for pH 5.5, it is very high (2e9 h),
which is interpreted as not having a reasonable biological
release time.

3.2. Nanoparticle Association and Internalization Dynamics
on Cardiac Cells. The capability of PLGA NPs to associate
with H9c2 cells was assessed by dose and time dependence.
First, a dose of 100μg/mL of PLGA-FITC was selected to
study the time-dependent association. At 24h incubation, it
was clearly observed that only NP incubation yielded a clear
fluorescence increase (see Figure 3(a)), indicating NP associa-
tion to the cell. This NP association into H9c2 cells saturated
at around 6h; see Figure 3(b). Fitting to equation (3) indicated
a 50% NP association at 4.51h and 22.15h for FITC. Then,
different doses of PLGA-FITC were incubated with the cells
at 24h; see Figure 3(c). A continuous dose-dependent NP-
cell association was studied up to 1000μg/mL, where equimo-
lar doses of FITC did not achieve a noticeable cell association
with respect to NPs; see Figure 3(d). Fitting to equation (4)
showed a dose scale of 769.23μg/mL for PLGA-FITC and
666.67μg/mL for FITC.

The internalization of NPs was assessed by incubating
H9c2 with PLGA-FITC. After 24h of incubation, PLGA
NPs encapsulating FITC are observed in cells; see
Figure 4(a) for a representative x, y optical section. Regarding
orthogonal projections in the planes y, z and x, z, Figures 4(b)
and 4(c), respectively, demonstrate how NPs internalize the
cells. FITC fluorescence was observed inside the cells only
when it was encapsulated in NPs; see Supplementary
Figure 2A-C. The average fluorescence per cell was
quantified and found to increase at a dose-dependent rate
for NPs; see Supplementary Figure 2D, where a fit to
equation (4) showed a dose scale of 238.1μg/mL. Similar to
the association data from flow cytometry, only NPs exerted
a significant fluorescence increase, even at the highest FITC
dose; see Supplementary Figure 2E.

3.3. Reduction of Mitochondrial ROS in H9c2 Cells with
PLGA-Quercetin NPs. The cells were treated for 24h with dif-
ferent doses of quercetin, either encapsulated or free. The
cells were then subjected to a pharmacological ROS stimulus,
using AA, which blocks the Complex III of the electron trans-
port chain (ETC) of the mitochondria, thus increasing mito-
chondrial O2

- formation through Complexes I and III [15].
Mitochondrial O2

- is then transformed into H2O2 by super-
oxide dismutase (SOD); see Figure 5(a).

It is clearly observed that treatment with PLGA-quercetin
is more effective for reducing the production of O2

- due to
AA. The effect of AA is to increase the production of O2

-

6.75-fold, and its suppression is not related to the NP mate-
rial, PLGA, as observed in Supplementary Figure 3A. Of the
different treatments, the most effective dose for O2

-

suppression was 3μM quercetin, free or encapsulated,
reducing the ROS production down to 5.69-fold and 4.65-
fold, respectively; see Figure 5(b). Treatments with PLGA-
quercetin at 1, 3, and 5μM yielded a statistically significant
reduced O2

- production at a rate of 4.95-, 4.65-, and 4.91-
fold, respectively, all of which were lower than 3μM free
quercetin. Equation (6) was used to fit both treatments,
suggesting that the best dose to reduce O2

- production was
3.6μM. The production rate of H2O2 was assessed, showing
that the AA stimulus could increase it 2.37-fold; see
Figure 5(c). Treatment with quercetin in doses of 1-10μM
showed a modest reduction down to 1.84-fold at 10μM,
while treatments with encapsulated quercetin at 1 and 5μM
reduced the production down to 1.73- and 1.15-fold,
respectively. Indeed, the treatment with PLGA-quercetin at
5μM showed a statistically significant decrease with respect
to untreated H9c2 cells stimulated with AA. Equation (6)
points out that for PLGA-quercetin its best H2O2
suppression is at 5μM; the available data suggests that
quercetin has its best suppression effect at 10μM. The
reduction in the H2O2 production rate with encapsulated
quercetin was not due to the NP material; see
Supplementary Figure 3B. These differences in the
efficiency of ROS quenching were assessed through the
stability of encapsulated versus free quercetin incubated
over 168 h. Encapsulated quercetin was stable, presenting a
peak at 380nm; see Supplementary Figures 4A and 4B. Free
quercetin started to show an absorbance peak at 330nm
after 24 h of incubation, increasing its peak with time while
diminishing it at 380nm; see Supplementary Figures 4A
and 4C.

3.4. Cardioprotection and Mitochondrial Function in Cardiac
Cells Treated with PLGA-Quercetin NPs during H-R Injury.
To further study the cardioprotective effects of PLGA-
quercetin NPs under closer pathophysiological conditions,
H9c2 cells were subjected to H-R after 24 h incubation with
either encapsulated or free quercetin. Cells were subjected
to hypoxia over 3 h, left into reoxygenation over 1.5 h, and
finally analyzed for their viability; see Figure 1. The viability
of the cells with incubated PLGA-quercetin with 5 and
10μM was rescued from 58 up to 77%, while treatment with
quercetin only rescued cells up to around 67% regardless of
the dose; see Figure 6(a). Fitting to equation (5) showed that
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Table 1: Physicochemical parameters of PLGA-quercetin NPs.

Parameter PLGA PLGA-quercetin

Average Feret diameter (nm) 90 ± 8 8 156 7 ± 12 8
Average hydrodynamic
diameter (nm)

90 ± 3 165 ± 7 5 ultrapureH2O + 17% DMEM incubation + 3% DMEM+ 10%FBS incubation

Average zeta potential (mV) −30 7 ± 1 2 −28 8 ± 1 08 ultrapureH2O − 21% DMEM incubation + 9%
DMEM+ 10%FBS incubation

Quercetin encapsulation
efficiency (%)

n/a 98 2 ± 0 42

Release profile pH: 7.4 5.5

50% quercetin release (h) n/a 90 ± 17 >340
tscale (h) n/a 122 ± 23 2e9 ± 5e8
In average Feret diameter, n > 80. In average hydrodynamic diameter and average zeta potential, n up to 16. In release profile, dispersion was calculated from the
error of fitting parameters. n/a: not applicable.
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Figure 3: Association of PLGA-FITC NPs to H9c2 cells. (a) Representative FITC and PLGA-FITC when incubated with 100μg/mL for 24 h,
(b) where time dependence shows an increase in fluorescence for PLGA-FITC after 6 h incubation; lines are fits to equation (3). (c)
Representative dose dependence increase of fluorescence after 24 h incubation of PLGA-FITC, (d) which is not observed for FITC
incubation; solid lines were fitted to equation (4). Statistical significance versus not treated (NT) cells, denoted as ∗, means P < 0 05. In (d),
NT cells are denoted with 0.01.
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the scale parameters were 0.3 and 2.51 for quercetin and
PLGA-quercetin treatments, respectively. That is, treatment
with PLGA-quercetin had a cell viability protection with an
8.37-fold higher dose of quercetin treatment. Incubation with
PLGA NPs did not improve the viability of H-R cells; see
Supplementary Figure 5. Observing that the best protected
condition of cells with PLGA-quercetin is with a dose of
5μM quercetin, the remaining experiments were conducted
at such dose, comparing only encapsulated versus free
quercetin. No changes in apoptosis were observed, as
assessed through Annexin V (see Supplementary Figures 6A
and 6B) or activity of caspases 3 and 7 (see Supplementary
Figure 6C). Necrosis was not a major factor in H-R. The
production of H2O2 post-H-R was quenched by both
quercetin treatments; see Figure 6(b). However, there was a
clear preservation of thiols with the PLGA-quercetin
treatment; see Figure 6(c).

The potential protective effects of PLGA-quercetin were
also explored on H9c2 cells after H-R. The OCR of cells
treated with PLGA-quercetin yielded a better preservation;
see Figures 7(a) and 7(b) for the basal OCR and maximum
ETC capacity, respectively. Such preserved OCR values were

also reflected in the improved ΔΨm (see Figure 7(c)) and
ATP production; see Figure 7(d).

4. Discussion

The search for better treatments for cardiac dysfunction con-
tinues nowadays, even when several key mechanisms of the
disease have been identified [16]. This is the case for diseases
associated with an overproduction of ROS, for example, after
an I-R event [3]. Solutions like the use of naturally occurring
antioxidants, such as quercetin, are limited given their low
bioavailability and high metabolic rate [9] and also due to
their hydrophobic nature. In regard to these challenges, a
potential alternative with a biocompatible NP, which can
transport the antioxidant and deliver it efficiently into car-
diac cells, has not been fully explored. In the design of a NP
with a therapeutic in vivo aim, its size is of utmost impor-
tance, suggesting between 5 and 200nm to avoid renal filtra-
tion or retention by the liver or spleen [17]. In the case of
nanomedicine applications for cardiovascular diseases, there
are plenty of NPs of around 200nm that show positive results
[16]. The results of this study show that PLGA-quercetin NPs
have an average hydrodynamic diameter of 165 ± 7 5 nm,
which is in the range of other reports of PLGA encapsulation
of molecules with a similar molecular weight [18], and in
excellent agreement with the diameter obtained from the
micrographs of TEM showing spherical NPs. The surface
charge for PLGA-quercetin NPs was −28 8 ± 1 08mV, in line
with the surface charge of PLGA NPs. In reality, however,
NPs will interact with either amino acids or proteins during
in vitro or in vivo scenarios. Such interactions will lead to
the formation of a protein corona around the NPs, which
in turn modifies their identity [19] through changes in size,
surface charge, and the surface itself. These changes can
modify the responses of cells, such as those of the immune
system [20]. In this study, the incubation of PLGA-
quercetin NPs to DMEM or its version supplemented with
FBS used for cardiac cell culture resulted in small variations
in terms of hydrodynamic diameter and ζ-potential in both
cases, having the highest variations when incubated with
the former. Such small variations, almost negligible when
incubated with FBS-supplemented DMEM, could be a result
of the low interaction sites of PLGA-quercetin. These results
stand in contrast, for example, with studies of SiO2 NPs,
smaller in size but of similar ζ-potential, which showed an
increase in hydrodynamic diameter [21]. Therefore, these
experiments seem to indicate, within the studied parameters,
that the formation rate of the protein corona in PLGA-
quercetin NPs is slower than for other particles of similar size
and surface charge.

The release of quercetin from the NPs was studied in
physiological media at a pH of 5.5 and 7.4, in order to
model the release either at an endosome or in the cellular
cytoplasm. The results indicate that at pH 5.5, the release
of quercetin is limited to an average up to 10% regardless
of time, indicating that this is a burst release. More impor-
tantly, this indicates that quercetin could avoid degrada-
tion when in an endosome through the encapsulation
with PLGA. The latter is a desired trait during the period

Phalloidin
NPs
Nuclei

(a) (b)

(c)

Figure 4: NP internalization into H9c2 cells. Representative
fluorescence images, acquired by laser scanning confocal
microscopy, of the incorporation of PLGA-FITC NP in H9C2 cells
after 24 h of incubation. Staining of cells is as follows: blue:
DRAQ5-stained nuclei; red: Alexa Fluor 568-conjugated
phalloidin-stained actin filaments; and green: FITC-labeled PLGA
NPs. (a) Representative x, y projection of an optical section of the
cells. (b, c) Orthogonal projections y, z and x, z, reconstructed
from the optical section stacks, acquired with 1 μm of distance
between each stack. Scale bars: 25 μm.
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of time when the endosomal escape takes place [22]. The
release dynamics at pH 7.4 suggest that quercetin delivery
into the cytoplasm is sustained. No burst release of quer-
cetin is observed at pH 7.4, as is verified by the 2.35%
release after the first hour. Such limited release is desired
at early time points to avoid drug side effects in secondary
tissues [23] and allow the NP to arrive at the target tissue.
The differences in the quercetin release from both condi-
tions are reflected in the length of time (tscale) of the Wei-
bull distribution, implying that for pH 5.5, the release will
take an extremely long time, while for pH 7.4, a total of
63% will be released after 122 h. Molecule release parame-
ters from NPs are conditioned to the molecule hydrophilic
character and the NP material. For example, in a model of
hollow PLGA NPs encapsulating siRNA complexes, the
tscale at pH 7.4 was extrapolated to 65.96 h [24], about half
of that of the released quercetin in this study.

The association and internalization of PLGA to cardiac
cells were studied in a dose- and time-dependent manner.
In this study, the uptake, NP association to cellular mem-
brane, and internalization of PLGA-FITC NPs in dose

dependence showed an exponential growth tendency with a
timescale of 769.23μg/mL, while the time dependence for
the dose of 100μg/mL was saturated since 6 h with an esti-
mated 4.51 h to reach half of the maximum uptake. Uptake
dynamics are governed by the interactions of the NP system
and the cell. In a study of SiO2, nano- and microparticle
uptake into adult rat cardiomyocytes was quantified by
Particle-Induced X-ray Emission (PIXE), a chemical element
quantification technique recently used in nanosafety studies
[25], and it was found that half maximum uptake was
achieved in less than 2h [21]. The SiO2 NPs had an average
hydrodynamic diameter and surface charge similar to the
NPs used in this study, and given that the same associative
behavior was observed in the microparticles, this uptake dif-
ference can be attributed to the higher volume and surface
area of adult rat cardiomyocytes, allowing for a faster uptake
dynamic. This is influenced by the type of cell studied; for
example, in A549 lung epithelial carcinoma cells, 40 nm fluo-
rescent carboxylated polystyrene NPs reached half maximum
uptake at 2 h within a 6 h study [26]. This observed faster
kinetic with respect to this study can also be associated with
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Figure 5: Assessment of mitochondrial O2
- and H2O2 production in H9c2 cells as a response to AA after 24 h quercetin or PLGA-quercetin

treatments. (a) Description of the ROS production in the mitochondria due to AA stimulus. (b) Mitochondrial O2
- production. PLGA-

quercetin shows a better dose-dependent O2
- suppression. (c) Mitochondrial H2O2 production rate. Treatments with quercetin or PLGA-

quercetin are dose-dependent, with PLGA-quercetin presenting a better reduction of O2
- and H2O2. In (b) and (c), lines were fitted to

equation (6). Statistical significance versus H-R cells, denoted as a, means P < 0 05.
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the smaller NP size, with respect to that of this study, allow-
ing for a faster cell uptake [17], as well as with the inherent
faster uptake kinetic of cancerous cells. The internalization
of PLGA-FITC NPs was assessed with a time scale of
238.1μg/mL as evaluated under confocal microscopy after
24 h. Therefore, according to a first approximation, out of
the 769.23μg/mL uptaken NPs in H9c2 cells after 24 h of
incubation, 30.95% were located around the middle of the
cells. More precise information would be required to deduce
the actual internalized quantity of NPs, such as the associa-
tion dynamics. Nevertheless, this result implies that a fair
number of NPs reach the central parts of these cells.

Quercetin, a potent antioxidant, can reduce ROS by
means of its scavenger activity and can increase the activity
of SIRT1 [7]. This effect has been previously demonstrated
in H9c2 cells administered with H2O2, with an optimal dose
of 10μM [27]. In this study, the effect of PLGA-quercetin on
ROS production was assessed in its capability to inhibit ROS
that originated from the mitochondria, hence the use of AA
to inhibit Complex III of the ETC and generate acutely
ROS. With respect to mitochondrial O2

- production, both
PLGA-quercetin and quercetin showed a bell-shaped inhibi-
tion centered around 3 and 3.6μM, respectively. This bell-

shaped inhibition is consistent with the prooxidant capability
of exogenous antioxidants, such as quercetin, when in excess
[28]. The assessed high doses in this study correlate with
mitochondrial dysfunction [29]. In this study, prooxidant
effects were observed in both O2

- and H2O2 productions at
10μM quercetin or PLGA-quercetin, except for quercetin
in H2O2 production, where it seemed that the bell-shaped
distribution had not yet reached its peak. The greater effi-
ciency of PLGA-quercetin at inhibiting an overproduction
of mitochondrial O2

- and H2O2 compared to its free counter-
part in an in vitro setting, ~22 and 83% at 5μM, respectively,
is due in part to the protection of encapsulated quercetin
from degradation, which is likely an oxidation process [30,
31]. In order to reach the cytoplasm of the cell, the transport
of NPs in a classical view includes the endocytosis by the cell
and then its eventual escape from the endosome or lysosome
[17]. However, there is recent evidence that negatively
charged polystyrene or TiO2 NPs can enter cardiac cells
through the formation of transient nanopores on the cell
membrane [32, 33]. Given that PLGA-quercetin NPs have a
negative surface charge, it is possible that this NP may enter
cardiac cells through the formation of these reported nano-
pores. Additionally, according to the in vitro release profile
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Figure 6: Protection of PLGA-quercetin against H-R in H9c2 cells. (a) Viability of H9c2 cells treated 24 h with quercetin or PLGA-quercetin
treatments. Lines were fitted to equation (5). (b) H2O2 production rate. (c) Thiols. Note: for (b) and (c), the dose of quercetin, free or
encapsulated, was 5μM. Statistical significance versus NT cells denoted as ∗, for H-R cells denoted as a, and for quercetin-treated cells
denoted by b, means P < 0 05.
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of PLGA-quercetin, only 16.5% of quercetin is released at
24 h. A first approximation of the effective dose delivered into
cardiac cells, assuming that 100% of the PLGA-quercetin
NPs enter the cells and that only 16.5% of quercetin is
released after 24 h of incubation, is that at this time there is
only 16.5% available of the applied dose. Then, O2

- inhibition
stayed at a similar level between effective doses of 0.165-
0.825μM (applied doses of 1-5μM). A possible explanation
for this similar level of O2

- inhibition, in other words a lack
of further inhibition decrease within a 5-fold dose increase,
is that there seems to be a limit to the quercetin delivery or
quercetin availability to the mitochondria with this NP. Cur-
rent clinical trials aiming to improve the outcome of patients
with acute myocardial infarction have found limited results
[34, 35]. Given this, the improved protection found in this
study could become a key component in the search for effi-
cient therapies that can deal with the excess ROS produced
due to I-R injury. In the case of H2O2, which was measured
in whole cells, there is a dose-dependent inhibition of up to
5μM of the applied dose, consistent with an increasing quer-
cetin availability within the cytoplasm. A study of cerebral I-
R in Wistar rats treated with PLGA-quercetin NPs showed a
reduced mitochondrial-based ROS production in agreement
with the present results [36]. In that study, the NPs were
added to triphenyl phosphonium for NP targeting toward
the mitochondria once inside the cell, showing a slight

improvement in protection with respect to the overall results.
These improvements could also be related to damaged tissue,
where inflammation plays a role in increasing the accumula-
tion of NPs [16, 37]. It will therefore be necessary to quantify
the NP uptake to the damaged tissues, which will define the
effective delivered dose in vivo in conjunction to its release
rate.

The cells treated with free quercetin in the range of 1-
10μM showed the same viability after H-R, ~67.5%, regard-
less of the dose, a 10% higher viability with respect to NT
cells. Treatment with PLGA-quercetin at 5 and 10μM
showed the same viability, 77%, or a 20% higher viability with
respect to NT cells. Given that improved viability could be
related to a reduction of apoptosis, the activity of executioner
caspases 3 and 7 was assessed, showing similar activities for
both free and nanoencapsulated quercetin. Therefore, the
observed reduction of cytotoxicity by the NP was due to a
reduction in cell necrosis. More thiols were preserved within
the cells treated with PLGA-quercetin, pointing to a preser-
vation of the mitochondrial ETC. This result, in addition to
the lower H2O2 production rate, points to a lower oxidative
stress, avoiding the opening of the mPTP due to the preven-
tion of the binding of adenine nucleotide to the adenine
nucleotide translocase, and therefore avoiding the release of
apoptotic-cell-death-signaling factors such as cytochrome c
[38]. Indeed, mitochondrial OCR and ΔΨm were better
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Figure 7: Protection of PLGA-quercetin against H-R in H9c2 cells: (a) basal OCR; (b) maximum ETC capacity; (c) mitochondrial membrane
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preserved in the PLGA-quercetin treatment. Aerobic ATP
production in cells after H-R is expected to decrease as a
function of mitochondrial dysfunction [13], as was found in
this study, where only the treatment with PLGA-quercetin
rescued 11.9% of the ATP production with respect to NT
cells. Therefore, the improved cell viability rescued with
PLGA-quercetin treatments is related with a better preserva-
tion of mitochondrial functions. In a recent study using
siRNA to silence the mitochondrial calcium uniporter
(MCU), the mitochondrial unit responsible for Ca2+ uptake,
cardiac cells under the same H-R injury, showed 30% more
viability and reduced activity for caspases 3 and 7 on the
silenced cells [12]. This improved viability and reduced cas-
pase activities could be mechanistically explained by the fact
that the excess Ca2+ uptake rate in the mitochondria is
responsible for increased ROS production. In other words,
the reduced Ca2+ uptake by MCU silencing could have been
enough to keep mitochondrial ROS production at a threshold
that induced less mitochondrial dysfunction compared to the
direct mitochondrial ROS inhibition in this study, hence
reducing the ROS-induced ROS release [39], avoiding the
activation of the apoptosis-signaling cascade. Nevertheless,
as a strategy to reduce cytotoxic effects in an H-R injury to
H9c2 cells, ROS inhibition has shown results in agreement
with strategies aiming for MCU silencing and MCU inhibi-
tion ex vivo [12, 40]. Finally, the in vivo evaluation of the
strategy presented here will assess its translational potential.
Overall, this study suggests that the improved cell viability
under H-R damage when treated with PLGA-quercetin is
due to the improved delivery of the antioxidant, which pre-
vents thiol oxidation in the cell, resulting in a preserved mito-
chondrial function, as observed by its OCR, ΔΨm, and ATP
production.

5. Conclusion

The potential of encapsulated quercetin, a PLGA-quercetin
NP, was assessed in cardiac cells for the first time. In a phar-
macological model of acute ROS production, induced by AA,
PLGA-quercetin showed a potent ROS inhibition with
respect to free quercetin. In an in vitro physiological model
of H-R injury resembling an ischemia reperfusion event,
it was found that PLGA-quercetin offers a better cell res-
cue, mainly due to lower oxidized thiols, maintaining the
mitochondrial OCR and ΔΨm, which sustain superior
ATP production. Such results demonstrate the potential
of such a strategy toward improved therapies for ROS-
based cardiac diseases.
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Supplementary Materials

Supplementary Figure 1: representative TEM micrographs
of (A) PLGA NPs and (B) PLGA-quercetin NPs. Scale bars
of 100 nm. Insets: (A) representative TEM micrograph of
PLGA NPs, scale bar of 200nm; (B) representative TEM
micrograph of PLGA-quercetin NPs, scale bar of 100nm.
Supplementary Figure 2: NP internalization into H9c2 cells
after 24 h incubation. (A–C) Representative images of NT,
FITC, and PLGA-FITC showing NPs can internalize into
the cells. Merged images are composed of cell actin filaments
(red), NP agglomerates (green), and nuclei (blue). Dotted
yellow ellipses denote areas with NP accumulation. Scale
bar of 40μm. (D) NPs internalize as a function of the dose,
and lines were fitted to equation (4). Statistical significance
versus untreated (NT) cells, denoted as ∗, means P < 0 05.
In (D), NT cells are denoted with 1e-3. (E) FITC fluores-
cence, at equimolar incubation doses, is higher when encap-
sulated in PLGA NPs. Supplementary Figure 3: ROS
quenching of PLGA NPs in H9c2 cells due to antimycin A
(AA): (A) mitochondrial O2

- and (B) H2O2. Supplementary
Figure 4: encapsulated and free quercetin stability incubated
in physiological solution, pH 7.4. (A) 380 nm/330 nm absor-
bance ratio as a function of time. Data were normalized
against control groups at 0 h. ∗Statistical significance
between each groups at different times vs. its control at
0 h. #Statistical significance between quercetin and PLGA-
quercetin groups at specific times. (B) Selected absorbance
spectra of encapsulated quercetin at 0, 48, and 168 h. (C)
Selected absorbance spectra of free quercetin at 0, 48, and
168 h. Supplementary Figure 5: viability of H9c2 cells after
24 h of PLGA NP treatment, followed by the H/R. Supple-
mentary Figure 6: apoptosis and necrosis of H9c2 cells after
24 h treatments, followed by H/R. (A) Representative dot
plots of apoptosis and necrosis. (B) Apoptosis assessed by
Annexin V. (C) Caspase 3/7 activity. (Supplementary
Materials)
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Skeletal muscles require the proper production and distribution of energy to sustain their work. To ensure this requirement is met,
mitochondria form large networks within skeletal muscle cells, and during exercise, they can enhance their functions. In the present
review, we discuss recent findings on exercise-induced mitochondrial adaptations. We emphasize the importance of mitochondrial
biogenesis, morphological changes, and increases in respiratory supercomplex formation as mechanisms triggered by exercise that
may increase the function of skeletal muscles. Finally, we highlight the possible effects of nutraceutical compounds on
mitochondrial performance during exercise and outline the use of exercise as a therapeutic tool in noncommunicable disease
prevention. The resulting picture shows that the modulation of mitochondrial activity by exercise is not only fundamental for
physical performance but also a key point for whole-organism well-being.

1. Introduction

Commonly speaking, exercise is a physical activity that works
the body at greater intensity than usual movements. To work
at higher intensity, the body, particularly the skeletal muscles
and the cardiovascular system, requires an extra supply of
energy. Mitochondria are the main energy suppliers that
coordinate AT production, reactive oxygen species (ROS)
production, and calcium signaling, which are fundamental
processes for sustaining body activity during exercise. Thus,
exercise and mitochondria are in a close relationship and
influence each other. This review is focused on this rela-
tionship, providing an overview of the most relevant
works in the literature. Moreover, since diet can influence
mitochondrial activity, we discuss how the use of some
nutraceutical products can modulate physical performance.
Lastly, we underline the use of exercise as a cost-effective
primary intervention to prevent and delay metabolic syn-
drome and cardiovascular disease. Thus, the exercise-
mitochondria interaction is not only an energetic matter
but also an important aspect that must be understood to

improve the use of exercise for both community members
and athletes.

2. Mitochondria: The Hub of Energy Production

Mitochondria are defined as the energetic center of cells
because they are the site of the oxidative phosphorylation
(OXPHOS) system. The OXPHOS system is located in the
mitochondrial cristae and is composed of the complexes of
the electron transport chain (ETC) and the ATP synthase.
The four complexes of the ETC are complex I (NADH-
ubiquinone oxidoreductase), complex II (succinate-quinone
oxidoreductase), complex III (ubiquinol-cytochrome bc1
oxidoreductase), and complex IV (cytochrome c reductase).
Using ubiquinone and cytochrome c, these complexes couple
electron transport with proton pumping to generate a gradi-
ent that is used by ATP synthase to phosphorylate ADP and
produce ATP. For decades, it was thought that the mitochon-
drial respiratory complexes were found as isolated entities
[1]. However, it is currently widely accepted that respiratory
complexes can be assembled into supramolecular entities
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called supercomplexes (SCs) [2, 3] whose structures have
been described in detail, though not fully characterized, by
several important and elegant studies involving cryo-EM
[4–6]. SCs have been described in different organizations
from yeast to plants and mammals [2, 7–10]. Accordingly,
in the plasticity model, SCs and complexes can coexist and
have dynamic interactions [7] that can be modulated by
tissue-specific subunits [11] according to the energetic
requirement of the cells [12, 13]. It has been demonstrated
that SCs can (i) enhance the efficiency of electron flux by
segmentation of the CoQ pool [14], (ii) prevent ROS forma-
tion by complex I and complex III as demonstrated by Lenaz
and Genova [15] and (iii) improve the stability of the individ-
ual respiratory complexes [16–18]. However, many questions
remain in the field, particularly if SC assembly is necessary
for enhancing mitochondrial respiratory efficiency and what
role SCs play in sustaining and determining metabolism.
More evidence is required to definitively answer these
questions and define the roles of SCs.

The discovery of the first bona fide SC assembly factor,
supercomplex assembly factor 1 (SCAF1) [12], demonstrated
that SCs are genetically regulated structures. SCAF1 is a small
protein of 13 kDa that is homologous to the CIV subunit
Cox7a2. SCAF1 brings together CIII and IV. Surprisingly,
CD1 and SV129 mice have the wild-type protein, while
C57BL/6J and Balb/cJ mice suffer a mutation that displaces
a critical histidine residue in the matrix-exposed domain that
is important for the interaction with CIV. As a result, liver
mitochondria from C57BL/6J and Balb/cJ mice do not have
III2+IV and I+III2+IV (either defined as the respirosome).
This different organization of the respiratory chain deter-
mines higher respiration rates and ATP production in
C57BL/6J and Balb/cJ mice when fueled with pyruvate/
malate (NADH route) or succinate (FADH2) that cannot be
increased with the simultaneous fueling of both substrates
as in CD1 and SV129 mitochondria. Our proposed model
suggests that SCAF1, by defining three different populations
of IV (the first linked to I and receiving the electron from the
route of NADH, the second associated with III2 and dedi-
cated to the route of FADH2, and a third that can receive
the electrons from both routes), prevents saturation of elec-
tron channeling with one substrate, promoting the optimal
use of energetic substrates, and suggests the existence of
preferential pools of coenzyme Q (CoQ).

However, since the heart and muscle mitochondria from
C57BL/6J mice retain a significant amount of respirosome
[11], some authors doubt that SCAF1 is required for its
formation [19, 20] and for the channeling of electrons
through preferential pools of CoQ. From a structural point
of view, using extensive proteomic analysis, we demonstrated
that the respirosome from BL6 mice incorporates the
COX7A2 subunit, which is specific to the monomeric status
of complex IV, instead of SCAF1, suggesting that different
respirosomes can exist in which CIII and IV undergo differ-
ent interactions [11]. These results could be in agreement
with the most recent cryo-EM structures of Letts et al.’s
group, in which a loose and tight form of I+III2+IV was
described [4]. Regardless, the debate is still open, and a deep
analysis of the structures, compositions, and functions of

these SCs is urgently needed to understand whether these
two structures are indeed different SCs with different
functions and metabolic outcomes.

Another important element for the organization of the
SCs of the ETC is crista morphology [21]. Cristae are special-
ized compartments of the mitochondrial inner membrane
that are considered to be the platform on which SCs are
clustered and assembled. Their remodeling is a tool for
modulating mitochondrial metabolism and regulating the
assembly and stability of SCs [21, 22]. It has been known that
mitochondria continuously modulate their shape in an equi-
librium between fusion and fission to maintain their function
and eliminate damaged mitochondria during the so-called
mitochondrial life cycle [23]. However, increasing evidence
has demonstrated that adjusting morphology is a strategy
to modulate mitochondrial bioenergetics and cope with the
energetic demand of cells [24]. In the presence of excess
nutrients, mitochondria divide to uncouple the electron
transport chain and reduce ATP production [25], as occurs
after treatment with uncouplers. On the other hand, mito-
chondria elongate in response to sustained deprivation of
nutrients and escape from massive autophagy [26] that
would ultimately be detrimental for the cell. In both
situations, the molecular mechanisms, although not fully
identified, involved the family of mitochondrial shaping
proteins in which OPA1 processing and DRP1 recruitment
control mitochondrial fission, while mitofusin expression
and OPA1 cooperate for mitochondrial fusion [27].

Changes in mitochondrial morphology and remodeling
of the SCs’ structure during exercise will be discussed in
detail in the following sections.

3. The Energetic Demand of Exercise

Skeletal muscle contractile activity is directly dependent
on the supply of adenosine triphosphate (ATP) to three
ATPases: myosin, Na+-K+, and sarcoplasmic reticulum
Ca2+ [28].

However, the amount of mammalian intramuscular ATP
allows the maintenance of high-intensity exercise for only a
few seconds. Therefore, from a bioenergetic point of view,
exercise constitutes an energetic challenge within skeletal
muscle cells. Skeletal muscle possesses a number of ATP
synthetic pathways that permit high ATP turnover even
during strenuous exercise. These pathways engage both
anaerobic, substrate-level phosphorylation, and aerobic
metabolism, which is highly dependent on the oxygen
delivered by the cardiovascular system to the skeletal muscle
[28] (Figure 1).

During the first seconds of intense exercise, ATP is
produced at the substrate level via creatine kinase (CK), an
enzyme mainly present in the cytosol that catalyzes a
reversible reaction in which phosphocreatine (PCr) converts
adenosine diphosphate (ADP) to ATP, forming creatine
(Cr) (Figure 2):

ADP + PCr↔ Cr + ATP 1
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As CK is high in cytosol, small increases in ADP trig-
ger the degradation of creatine phosphate, leading to ATP
production.

However, during high-intensity exercise, this system pro-
vides ~50% of the ATP during the first 6 s of exercise, while
the most predominant substrate for the next 10 s is glycolysis
[29]. These events are concomitant due to an increase in sar-
comeric (Ca+) and inorganic phosphate (Pi), leading to the

production of high levels of pyruvate, mainly due to glyco-
genolysis. These pathways are activated in the cytosol;
however, pyruvate can either be metabolized in the cytosol
and produce lactate [30] or enter into the mitochondria for
oxidation (i.e., anaerobic or aerobic glycolysis, respectively).
Indeed, glycolysis by-products activate the main mito-
chondrial enzyme responsible for carbohydrate oxidation,
pyruvate dehydrogenase (PDH) [29]. If exercise intensity
continues to increase, the glycolytic efflux also increases,
and pyruvate production exceeds the oxidation rate of
PDH, leading to lactate generation. Therefore, the degree of
oxidative metabolism during exercise is inversely related to
the intensity of exercise. For instance, sprint running events
lasting <10 s, such as world-class 100 m running, can be sus-
tained using mainly PCr hydrolysis. Events up to ~60 s, such
as 400 m running or 100 m swimming, mainly use anaerobic
glycolysis, while longer races mainly use aerobic metabolism.

Although anaerobic glycolysis starts as soon as muscle
contraction starts, its contribution is mainly from 10-60 s
of intense exercise [31]. This process requires the stored
glycogen to produce lactic acid and ATP. Thus, the impor-
tance of adequate skeletal muscle glycogen levels before
intense exercise is highlighted as follows:

Glycogen→ glucose − 1 − P→ lactate + ATP 2

Exercise beyond 60 s requires oxygen to oxidize glucose
or fatty acids to carbon dioxide:

Glucose/fatty acid + oxygen→ carbon dioxide + water + ATP
3

As oxygen is a key factor in the latter metabolic pathway,
mitochondria play a predominant role during most exercise
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conditions. It should also be noted that even if 30 s sprints are
repeated over time, after the third repetition, most of the ATP
is provided by oxidative mechanisms [29]. Therefore, some
of the mitochondrial adaptations related to sprint exercise
(see below) can be attributed to the fact that a repeated effect
compromises oxidative phosphorylation. Nevertheless, dur-
ing prolonged submaximal exercise, the oxidative metabo-
lism of carbohydrates and lipids almost fulfils all the
cellular ATP needs, but the relative contribution of each sub-
strate (i.e., fatty acids and glucose) is also a matter of exercise
intensity. The maximal fat oxidation rates occur at intensities
~60% of VO2max [32], but as intensity increases, the gly-
colytic flux increases due to decrements in plasma fatty
acid (FA) delivery to contracting muscles and a decreased
capacity for mitochondrial FA uptake and oxidation [33].
It should, however, be noted that PCr hydrolysis, glycol-
ysis, and oxidative phosphorylation work simultaneously
during exercise and that the relative contributions of
these components vary in response to exercise intensity
(Figure 3).

4. The Role of Mitochondria in Exercise

Mitochondria are the organelles where oxidation meets
phosphorylation to generate ATP for contracting muscles.
In fact, since the early studies by John O. Holloszy [34], it
has been clear that exercise elicits mitochondrial adaptations
[35]. In addition, subsequent studies in rodents demon-
strated that the increase in mitochondrial enzyme activity
induced by exercise first observed by Holloszy (1967) was
due to increases in mitochondrial size and number [36].
These pioneering studies suggested that the maximal oxygen
uptake (VO2max) and the whole-body aerobic capacity were

also limited by skeletal muscle mitochondrial content and
not only by cardiorespiratory factors, as previously thought.
Accordingly, some studies have linked skeletal muscle
mitochondrial content and ATP supply with skeletal muscle
performance [37, 38]. This finding suggests that mitochon-
dria may set the limit of maximum O2 uptake by skeletal
muscle. This assumption makes sense because mitochondria
link oxygen delivery to ATP synthesis to meet the energetic
needs of the skeletal muscle. Therefore, exercise training is
a key factor that can enhance mitochondrial bioenergetics
efficiency.

In fact, endurance exercise training can increase the
mitochondrial content per gram of tissue as well as the
mitochondrial composition (protein-to-lipid ratio), thereby
improving aerobic metabolism [39]. In addition, exercise
training can improve mitochondrial metabolism by increas-
ing the ATP supply per O2 molecule (P/O). In fact, oxidative
phosphorylation is a highly malleable biochemical process
[40], in which the ETC oxidizes NADH to pump H+ through
the inner mitochondrial membrane. Then, the proton motive
force is used by the F1F0-ATP synthase to produce phosphor-
ylation. Another step that can be optimized within trained
skeletal muscle mitochondria is H+ leakage through the
inner mitochondrial membrane, thus bypassing phosphory-
lation. Overall, aerobic exercise training improves skeletal
muscle O2 uptake, which directly affects aerobic exercise
performance, thereby increasing fatty acid (FA) oxidation
and limiting lactate production at a given exercise intensity.
This effect can occur due to a rise in skeletal muscle content
and size but also due to improvements in the oxidative
phosphorylation system.

It is important to highlight that two different pools of
mitochondria exist within the skeletal muscle and the heart.
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The subsarcolemmal (SS) mitochondria are located close to
the sarcolemma, while intermyofibrillar (IMF) mitochondria
are located between myofibrils. Notably, SS mitochondria are
often in close contact with the peripherally located mito-
chondria (i.e., functional) myonuclei. Therefore, it has been
proposed that the main function of SS mitochondria is to
energetically support nuclear and sarcolemmal functions
[41]. However, IMF mitochondria show higher biochemical
activity and ATP concentrations [42], possibly to efficiently
provide ATP for myosin ATPase, thereby sustaining myofi-
bril contraction. With regard to exercise training, a higher
trainability of SS than IMF mitochondria has been observed.
In fact, the volume density of SS mitochondria is ~0.1-0.2%
in untrained subjects, which can increase up to ~3.4% in
highly trained subjects [43]. However, the IMF volume
density is ~4.5% in untrained subjects, while increases up to
~7.5% have been described [43].

Therefore, it can be inferred that in response to exercise,
SS mitochondria increase their volume to a greater extent
than do IMF mitochondria. However, the rationale for these
divergent responses to exercise between mitochondrial sub-
populations is unknown. A possible explanation matches
the power-transmitting cables, which suggest that oxygen
from capillaries is consumed by SS mitochondria and that
the ions can then be pumped to IMF mitochondria [44].
Therefore, the power-transmitting cables can energetically
interconnect oxygen-rich areas, such as those close to the
sarcolemma, and deeper areas of the muscle fiber. This
adaptation has not been directly observed in response to
exercise. However, the enlargement of the mitochondrial
reticulum reported in response to exercise [45–47] together
with the stronger adaptations described within SS mitochon-
dria suggests that trained skeletal muscle may be adapted
towards improving the distribution of energy through skel-
etal muscle cells. Nevertheless, given that little on the SS
and IMF response to exercise has been reported, in the
present review, we will discuss the general response of
the mitochondrial reticulum.

5. Exercise Influences Mitochondria, Which in
Turn Influence Exercise

Within the mammalian skeletal muscle, mitochondria are
mainly found forming large networks [48], which allows a
rapid electrical interconnection between adjacent organelles
[49]. This network highlights the plasticity of skeletal muscle
mitochondria in response to cellular energetic challenges.
Indeed, pioneering work by Palladin [50] showed that electri-
cally stimulated skeletal muscle increased mitochondrial res-
piration. This work is also important because it introduced
the concept of trainability with regards to mitochondrial
function. In fact, in response to a single exercise session, there
is a loss of homeostatic function that triggers a number of
responses at the cellular (but also systemic) level to soften
the next homeostatic challenge. For instance, if the homeo-
static threat is triggered by endurance exercise (i.e., 60-90%
VO2max) where the maintenance of ATP production mainly
relies on the aerobic pathways, then the response will operate
to improve such pathways. This effect is in accordance with

the fact that endurance trained subjects show higher skeletal
muscle mitochondrial volume than do sedentary subjects
[51, 52]. The increase in mitochondrial volume seems to be
one of the most important effects that improves endurance
performance [53]. Indeed, in the present section, we will
review the initial signals leading to an acute mitochondrial
response (i.e., acute effect) and the repeated bout effect
leading to a more permanent mitochondria adaptation (i.e.,
chronic effect). It should also be noted that mitochondria
are highly plastic organelles that in response to the energetic
challenges of the cell undergo several remodeling changes,
which include [27] de novo mitochondrial biogenesis, mito-
chondrial fusion, and fragmentation of dysfunctional organ-
elles (fission) for their breakdown by the autophagosome
(mitophagy). It is important to note that all of these processes
are triggered by acute and/or chronic exercise [54]. All
these changes are detailed in the following paragraphs
and depicted in Figure 4.

5.1. Early Exercise-Induced Signaling towards Mitochondrial
Remodeling. Exercise is known to impact a number of intra-
cellular signaling pathways that orchestrate mitochondrial
responses and/or adaptations in skeletal muscle. It should
be noted that these molecular pathways overlap each other,
making it difficult to isolate one signal from another. Indeed,
muscle contractile activity concomitantly triggers at least 4
intracellular signaling pathways that control mitochondrial
function [55]: (1) increases in intracellular calcium mainly
derived from the sarcoplasmic reticulum, (2) increases in
ATP turnover leading to a rise in intracellular AMP,
(3) increases in the ratio of nicotinamide adenine dinu-
cleotide (NAD+) to its reduced form NADH (NAD+/
NADH), and (4) increases in reactive oxygen species
(ROS) production.

Experiments in cultured cells revealed that contraction-
inducing calcium release regulates mitochondrial function
by activating both calcium-calmodulin kinase (CaMK) and
protein kinase C [56–58]. In addition, the rise in ATP
demands within contracting muscle increases adenosine
monophosphate (AMP) levels, leading to the activation of
AMP-activated protein kinase (AMPK) [59]. AMPK is
known to be a key regulator of metabolism through the
inhibition of anabolism, which minimizes ATP consumption
and stimulates catabolism to stimulate ATP production [60].
In fact, AMPK activity has been associated with increased
mitochondrial content [61, 62] and function [63]. In addition
to these kinases, exercise-induced ROS production increases
the activity of mitogen-activated protein kinase 38 (p38
MAPK) [64]. Finally, the rise in NAD+ production directly
activates the deacetylase SIRT1 [65] in a mechanism that
may be potentiated by AMPK by directly increasing the
NAD+/NADH ratio [66]. It should be highlighted that all
of these signals directly or indirectly activate peroxisome
proliferator-activated receptor gamma coactivator 1-alpha
(PGC-1α) through phosphorylation, deacetylation, and/or
regulation of its expression [55, 64, 67–69]. PGC-1α is a
transcription factor that belongs to the peroxisome-
activator receptor (PPAR) family. PGC-1α, together with
other family members, such as PGC-related coactivator
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(PRC) and PGC-1β, regulates the expression of nuclear
genes encoding mitochondrial proteins, thereby regulating
mitochondrial content and function [70]. PGC-1α has
been the best-studied family of nuclear receptors and
accordingly is often referred to as the “master regulator”
of mitochondrial biogenesis [55, 71, 72].

5.2. Mitochondrial Biogenesis. The definition of mitochon-
drial biogenesis is sometimes too general. In the present
review, we will consider mitochondrial biogenesis as recently
defined by Perry and Hawley [73]: “an expansion of total
muscle mitochondrial volume.” This process requires a com-
plex coordination of the transcription of the nuclear and the
mitochondrial genome to assemble functional multisubunit
respiratory chain proteins [52].

Early studies by John O. Holloszy [34] reported an
association between mitochondrial content and exercise.
More than thirty years later, the discovery of PGC-1α as a
key controller of mitochondrial biogenesis shed more light
on the molecular mechanisms triggered by exercise to
increase mitochondrial content. As noted above, the activity
of PGC-1α is coordinated by calcium, AMP, and ROS-
related kinases, and all of these factors are highly sensitive
to exercise-induced stress [74, 75]. These kinases regulate
PGC-1α activity through phosphorylation. In addition, a
single bout of exercise also increases PGC-1α activity

through deacetylation by the NAD+-dependent deacetylase
sirtuin 1 (SIRT1) [76]. However, the regulation of PGC-1α
is not induced only at the posttranslational level. Indeed, it
was observed that an acute bout of exercise increased the
expression of PGC-1α [77–80]. Exercise-induced PGC-1α
transcription is also controlled by CaMK and p38 MAPK,
which phosphorylate the transcription factors myocyte
enhancer factor 2 (MEF2) and activating transcription factor
2 (ATF2), leading to their translocation to the nucleus
[81, 82]. Moreover, exercise induces PGC-1α translocation
to the nucleus to both orchestrate mitochondrial biogenesis
[83, 84] and self-regulate its own expression [85].

During the last decade, another transcription factor, the
tumor suppressor protein p53, has also been identified as a
powerful regulator of skeletal muscle mitochondrial content,
function, and exercise capacity [86]. Research has found that
p53 can be phosphorylated by p38 MAPK and AMPK
[86–88]. Moreover, a single exercise session is known to
deacetylate p53 by SIRT, which may help p53 to translocate
to the nucleus [89]. Once in the nucleus, p53 regulates several
nuclear-encoded mitochondrial proteins [90, 91]. Impor-
tantly, p53 can also be found inside the mitochondria in
response to acute exercise, where it can affect mtDNA tran-
scription [92]. Indeed, inside the mitochondria, p53 can form
a complex with TFAM as well as with the mtDNA D-loop
region, which controls the mitochondrial expression of some
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mitochondrial subunits. Therefore, p53 seems to be a tran-
scription factor that can integrate the expression of both
the nuclear and mitochondrial genomes in response to exer-
cise. Mitochondrial biogenesis is often studied by using both
biochemical and microscopy techniques. Exercise studies
mainly use the activity, as well as the protein content, of
citrate synthase (CS), succinate dehydrogenase (SDH), and
cytochrome c oxidase (COX) as markers of mitochondrial
biogenesis [55].

In addition, transmission electron microscopy (TEM)
can be used to measure mitochondrial volume density
(MitoVD) [45]. Moreover, mitochondrial respiratory function
can be assessed from isolated mitochondria as changes in the
mitochondrial ATP production rate and mass-specific mito-
chondrial respiration [93]. However, it has been observed in
both rodents [94] and humans [93] that improvements in
mitochondrial respiratory capacity can take place indepen-
dently of changes in mitochondrial content. In an elegant
study, healthy subjects were allocated for 4 weeks into 3
exercise groups: moderate continuous intensity training
(MCIT), high-intensity interval training (HIIT), and sprint
interval training (SIT) [95]. The results suggest that only
SIT increases mitochondrial respiration, while the other
groups showed no effect despite much higher training
volumes. Another recent study showed that 6 weeks of MCIT
showed an increase in MitoVD without affecting mitochon-
drial respiration [45].

Therefore, it is likely that exercise intensity is a key aspect
in regulating mitochondrial function. Interval exercise is
commonly subdivided into HIIT and SIT. HIIT is often
carried out at intensities >80% of the maximal heart rate
and usually involves bouts of 1.5-16 min interspersed with
2-3 min of rest [96, 97]; SIT is usually performed as all-out
exercise bouts lasting 6 to 90 s interspersed with periods of
rest of 1 to >5 times the duration of the exercise [98]. MCIT
is performed in a continuous manner and at lower intensities
than internal exercise is. In recent years, a number of studies
have investigated the mitochondrial adaptations induced by
different exercise regimens. A recent paper by Perry et al.
[99] analyzed PGC-1α mRNA expression during 7 HIIT
sessions carried out over 2 weeks. Their data may suggest that
intense exercise induces stronger and more rapid mitochon-
drial adaptation than MCIT does. However, it has been
reported that SIT [100] and MCIT [74] increase CS activity
to a similar extent 24 h following an acute exercise bout.
Instead, exercise intensity may be an efficient approach to
elicit mitochondrial adaptations. Indeed, two studies are
aimed at comparing the mitochondrial adaptations elicited
by two weeks of either SIT or MCIT [101, 102]. They found
similar increases in both CS and COX activities even though
MCIT comprised 4.5 h of weekly training, while SIT com-
prised only 10 min of effective weekly training. However, it
remains unclear how extremely low-volume SIT induces
such an efficient effect. It has been suggested that SIT-
induced ROS production might be a possibility [103].
Accordingly, it has been observed that SIT-induced ROS
production over two weeks of training induces the fragmen-
tation of the ryanodine receptor (RyR), leading to postexer-
cise Ca+ accumulation [104]. This finding is in accordance

with the observation that calcium-related signaling seems to
be important in response to acute SIT exercise [105]. In
addition, a more recent study highlighted that β-adrenergic
stimulation, muscle lactate accumulation, and skeletal
muscle pH reduction seem to be important to elicit the
SIT-related molecular cascade leading to mitochondrial
biogenesis [75]. Therefore, the above studies suggest that
mitochondria respond rapidly to exercise stimuli and that
intense exercise of short duration may be an efficient strategy
to achieve mitochondrial adaptations.

In addition, it seems plausible that different exercise
intensities elicit divergent mitochondrial adaptations. In a
recent study, subjects performed six sessions of HIIT with
one leg, while the other leg performed MCIT, with similar
volumes between legs [106]. In these subjects, HIIT was the
only intervention that increased CS maximal activity and
OXPHOS capacity. It should, however, be noted that neither
HIIT nor MCIT increased mitochondrial respiration as
assessed by OXPHOS capacity normalized to CS maximal
activity [103]. Indeed, another study compared the effects
of 4 weeks of MCIT-, HIIT-, and SIT-based training in
healthy subjects [95]. The authors found that although all
the interventions increased the expression of the transcrip-
tion factors p53 and PGC-1α, only SIT increased mass-
specific mitochondrial respiration. It can be argued that the
higher the intensity, the more type 2 fibers are recruited
[35]; thus, the increased mitochondrial respiration could be
due to phenotype changes. However, the best controlled
study (regarding its within-subject design) showed no differ-
ences between MCIT and HIIT in COX activity within type 2
skeletal muscle fibers [103]. In contrast, in a recent review,
the authors provide valuable relationships between mito-
chondrial adaptations and exercise intensity by plotting the
data of available human studies [93]. Among the truly impor-
tant observations, it should be highlighted that the authors
conclude that high-volume low-intensity (i.e., MCIT) train-
ing is important to increase mitochondrial content. However,
exercise intensity seems to be important in increasing mass-
specific mitochondrial respiration [93]. Therefore, divergent
exercise stimuli may trigger different molecular pathways
leading to different mitochondrial properties and possibly
dynamics.

5.3. Mitochondrial Dynamics. Mitochondria can undergo
dynamic morphological changes that involve crista remodel-
ing, fusion, and fission, which collectively regulate cellular
function [27]. Indeed, mitochondria not only regulate their
shape to adapt to the energetic needs of the cells but also
maintain an internal quality control in which damaged
mitochondria are eliminated by the autophagosome. During
exercise, the higher energetic demands acutely induce
mitochondrial morphological changes, which may indeed
regulate long-term mitochondrial bioenergetics [54] and
help to maintain mitochondrial functions (Figure 5).

In rodents, it was recently shown that acute running
exercise increases dynamin-related protein 1- (DRP1-)
induced mitochondrial fission and mitophagy efflux [107].
In addition, using a combination of transmission electron
microscopy and molecular biology, Lavorato et al. [108]
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reported that both exercise running to exhaustion and
electrical stimulation result in mitochondrial fission in a
DRP1-dependent manner. Therefore, in rodents, acute
exercise seems to activate DRP1 pathways, leading to mito-
chondrial fission and increased mitophagy efflux; however,
the mechanisms are yet to be elucidated. It was initially
thought that exercise-induced AMPK phosphorylation at
Thr172 was the upstream mechanism triggering mito-
chondrial fragmentation and mitophagy [54]. However,
more recent studies suggest that AMPK is responsible
for exercise-induced mitophagy but not DRP1-related fission
[107]. In this regard, mitochondrial fission factor (MFF) is a
mitochondrial outer membrane that involves the recruitment
of DRP1 from the cytosol to the mitochondrial surface to cat-
alyze the fission reaction. Notably, it has been demonstrated
that mitochondrial stress induced MFF phosphorylation by
AMPK, thus increasing mitochondrial fission [109]. Thus,
AMPK seems to couple fission and mitophagy in response
to cellular stress. However, whether exercise-induced AMPK
activation results in MFF-related fission has yet to be deter-
mined. Interestingly, during atrophy induced by denervation
or fasting, there is massive mitochondrial fission, leading to
an exacerbated autophagy that leads to muscle wasting. This
event can be prevented by expressing a Drp1-negative
mutant and knocking down AMPK [110], suggesting that
the Drp1-AMPK axis is involved not only in exercise-
induced autophagy but also in muscle atrophy-induced

autophagy. While the first seems to have a role in quality
control, the latter is an extreme event resulting in deleterious
effects. Whether it is only a quantitative matter or whether
the activation of these molecular mechanisms requires
different interactors is still to be discovered. A very recent
paper reported that Drp1-/- mice have altered muscle adap-
tation upon exercise that results in reduced running perfor-
mance. This finding definitively demonstrates that fission
and Drp1 in particular are key elements for muscle activity
and physiology [111].

On the other hand, mitochondrial fusion and elongation
of the mitochondrial network have been proposed to occur in
response to cellular energetic reductions [26, 112] and are
regulated by three GTPases: mitofusin 1 (MFN1), mitofusin
2 (MFN2), and optic atrophy 1 (OPA1). Once two mitochon-
dria come into close contact, MFN1 and MFN2 change their
molecular conformation to permit mitochondrial outer
membrane fusion [113]. Inner membrane mitochondrial
fusion is known to be regulated by OPA1 [27]. In addition,
MFN expression seems to be regulated by PGC-1s and by
the estrogen-related receptor (ERR) [114, 115]. In fact,
exercise-induced PGC-1α translocation to the skeletal mus-
cle nucleus is known to induce MFN1 and MFN2 expression
in human skeletal muscle in an ERR-dependent manner
[116]. However, direct evidence of exercise-induced mito-
chondrial fusion is lacking. Picard et al. [117] showed that
acute voluntary running in mice increases electrodense
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(FIS1 and

Drp1)

(i) Mitochondrial capacity to produce ATP
(ii) Increases the performance in sport practice

(iii) Mitochondrial functionality

Mitophagy

Stress 
recovery
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stress

PGC-1𝛼

ROS

(i) Reduced energy spending
(ii) Dilated cardiomyopathy

Exercise-induced mitochondrial dynamics
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Figure 5: Mitochondrial dynamics is affected by/during exercise. PGC-1: PPARγ coactivator-1; ROS: reactive oxygen species;
FIS1: mitochondrial fission 1 protein; Drp1: dynamin-related protein 1; OPA1: mitochondrial dynamin like GTPase; MFN1/2: mitofusin 1
and 2 protein.
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mitochondrial contact sites, but no effect on MFN2 and
OPA1 was observed. In addition, a recent study using skeletal
muscle PGC-1α KO mice showed that exercise-induced
mitochondrial network elongation is dependent upon PGC-
1α suppression of mitochondrial fission 1 (FIS1) rather than
MFNs or OPA1 [118]. Therefore, within exercised skeletal
muscle, PGC-1α may promote a profusion environment by
suppressing fission activity.

In humans, it has been observed that long-term exercise
induces an enlargement of the mitochondrial network
[45, 46], which may help to electrically interconnect the
sarcolemma and the core of the muscle cell, thereby link-
ing oxygen rich areas to those areas with limited oxygen
availability [44, 49]. As mitochondrial fusion occurs in
parallel with skeletal muscle energetic reduction [112], it
seems plausible that acute exercise may also induce rapid
mitochondrial fusion events. However, studies aiming to
study the effects of either acute or long-term responses
to exercise on mitochondrial fusion are lacking. Cartoni
et al. [116] reported that well-trained cyclists performing
strenuous continuous cycling showed increases in MFN
mRNA levels but not protein levels in the 24 h following
the exercise.

More recently, it has been reported that both SIT and
MCIT lead to rapid MFN2 mRNA expression [84]. In
addition, Fiorenza et al. [75] showed that both MCIT and
SIT but not extremely low-volume SIT increased MFN2
mRNA levels 3 h postexercise. Regarding the cumulative
effect of several weeks of training, it has been reported that
in previously untrained subjects, MFN2 protein content
increases following 6 weeks of MCIT [45]. In another study,
moderately trained individuals were allocated to SIT, HIT,
and MCIT for four weeks [95]. The results show that all of
the exercise interventions increased skeletal muscle MFN2
protein content. In addition, in an elegant study, Perry et al.
[99] studied time-course responses of skeletal muscle signal-
ing in moderately trained subjects during two weeks of HIIT.
They found that MFN1 but not MFN2 protein content
increases at the end of the training period.

These results show the complexity of the mitochondrial
fusion machinery. In addition, discrepancies between studies
could be due to differences in the subject’s characteristics
and/or methodological issues. Interestingly, OPA1, the
master of mitochondrial cristae, has been found to be down-
regulated in biopsies of older sedentary humans but not older
sportsmen, suggesting that exercise counteracts aging-related
sarcopenia [119]. To understand the molecular mechanism,
the authors specifically depleted Opa1 in the muscle, and
they demonstrated that the lack of OPA1 induces mitochon-
drial dysfunction, leading not only to an impairment of
muscle activity but also to precocious senescence and degen-
eration of multiple organs caused by the activation of ER
stress and the unfolded protein response (UPR) mediated
by an increase in serum levels of FGF21. This paper [119]
not only identified OPA1 as a sensor of exercise but also
demonstrated for the first time how the modification of mito-
chondrial activity through morphology can have a systemic
effect, underlining the importance of a holistic approach to
study mitochondria.

Moreover, the molecular mechanisms underlying mito-
chondrial fusion in response to exercise remain to be eluci-
dated, and further studies combining molecular signaling
and microscopy technology can help to unravel mitochon-
drial dynamics in response to exercise.

In addition, other factors can also affect mitochondrial
dynamics in response to exercise. For instance, it has been
reported that as early as the third HIT session, both FIS1
and DRP1 protein contents increase in moderately trained
subjects [99]. However, this report is in contrast with recent
results showing a stronger profusion rather than profission
environment within the skeletal muscle of aged subjects
subjected to six weeks of HIIT [120]. This discrepancy could
occur because aged skeletal muscles show a blunted mito-
phagy capacity, leading to the accumulation of damaged
mitochondria [121]. In addition, the phenotype of the
skeletal muscle studied may also impact the mitochondrial
responses to exercise. In fact, it has been reported that two
weeks of SIT engaging both the arms and legs or the legs
but not the arms increased mitochondrial respiration [122].
This effect likely occurs because the arms and legs show
different phenotypes [123, 124]. Therefore, mitochondrial
dynamics in response to exercise seems to be an interesting
area for future research. Future studies should determine
the molecular mechanisms underlying mitochondrial fission
and fusion in response to exercise in health and disease.
Moreover, skeletal muscle phenotypic differences regarding
mitochondrial dynamics in response to exercise may help
to shed light on the effects of exercise on mitochondrial and
cellular metabolism.

5.4. Mitochondrial Function and SCs. Regular exercise
increases mitochondrial crista density, thereby improving
cellular function and ultimately whole-body VO2max [124].
Since cristae are the privileged site of the OXPHOS system
[125] whose shape is fundamental for the assembly and
stability of SCs [21], we can hypothesize that increasing
crista density could increase SC formation. Recent studies
have observed that endurance exercise induces mitochon-
drial complex assembly into SCs. In rats, ten weeks of
treadmill running increases SC assembly, thereby improving
mitochondrial oxidative status [126]. In a very elegant study,
Amati’s group [127] demonstrated how 4 months of
moderate-intense aerobic exercise increases muscle respira-
tion in older sedentary adults. From the molecular point of
view, they found that all respiratory complexes, but particu-
larly CI, were upregulated and redistributed to SCs. The over-
all result is that SC formation is enhanced upon exercise and
correlates with better mitochondrial respiration. This work
reveals for the first time in humans how SC formation could
be an adaptive response to increase mitochondrial respira-
tion and satisfy higher energetic demand [127]. Moreover,
it has been proposed that SIT but not MCIT increases
mitochondrial respiration without increasing mitochondrial
volume. This observation suggests that exercise intensity
might be an important determinant in SC assembly.

Although SIT protocols are known to increase circulating
lactate levels over 13 mmol/L [128, 129], the repeated sprint
bout effect on oxidative phosphorylation described by
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Parolin et al. [29] may suggest an impact on mitochondrial
SC assembly. Related to the advantages of SC formation
already discussed in a previous section (Mitochondria: The
Hub of Energy Production), the real advantage of having a
higher SC/complex ratio is still under investigation, but it is
now clear that situations involving impaired mitochondrial
metabolism are correlated with less SC formation, as
observed during aging [130], heart failure [131], and diabetes
[132]. An additional advantage of SCs could be enhancing
the enzymatic activity of the complexes, thus improving
overall mitochondrial respiration. An early study measured
CI and CIV activity from I+III2 and I+III2+IV isolated from
bovine heart by Blue Native PAGE in-gel activity assay and
by spectrophotometric activity after electroelution assay of
the SC structures [133]. The results indicate more activity
in the supercomplex-assembled CI and CIV. Later, different
works confirmed this observation, especially in nervous
system cells from animal models of Parkinson’s disease
[134–136], and Amati’s work confirmed this finding in
muscle [127]. However, even though these results seem to
support this hypothesis, we must consider important techni-
cal details. Indeed, all of these results have been obtained
either by Blue Native in-gel activity assay or spectrophoto-
metric activity assay, which both have technical limitations.
The former is a nonlinear nonquantitative assay, while the
latter measures the total amounts of complexes and cannot
discriminate the specific activity of assembled vs. not assem-
bled complexes. Considering these aspects, we believe that
the in vitro results are valid approximations but definitive
experimental confirmation in vivo is still needed. Another
fundamental question, which is still open, is which molecular
mechanisms trigger exercise-induced SCs assembly.

It has been reported that the lipid composition of the
inner mitochondrial membrane is important for SC stabiliza-
tion3, but it has never been addressed whether lipid compo-
sition may change upon exercise. As explained previously,
OPA1 is a sensor of exercise that is downregulated in old sed-
entary individuals [119]. Moreover, considering its impor-
tance for SC maintenance [21], we could speculate that
increasing OPA1 content might be a molecular mechanism
to increase SC formation upon exercise. Another critical
element for the assembly of SCs is SCAF1 [12], which could
be a molecular target of exercise to increase SC formation,
but there is still no investigation in this direction. Those
elements could be all targets of exercise-dependent SC for-
mation, but further investigation is needed to understand
how exercise impacts the assembly of SCs and their role in
adaptive processes upon increasing energy demand.

6. Use of Mitochondrial Active Nutraceuticals to
Improve Exercise

The present review highlights the wide range of adaptations
that exercise training can elicit within skeletal muscle mito-
chondria. In addition, several studies have attempted to
stimulate such effects by stimulating particular pathways
using so-called exercise-mimetic compounds. In fact, Narkar
et al. [137] proposed that pharmacological activation of
AMPK activity in mice is enough to change the skeletal

muscle phenotype towards a more oxidative phenotype. This
possibility attracted the attention of exercise physiologists
aiming at discovering new nutritional supplements to
improve skeletal muscle performance and health.

Polyphenols are naturally occurring compounds with
similar structures (several hydroxyl groups on aromatic
rings) and are mainly found in fruits and vegetables.
Polyphenols are known to regulate free radical scavenging,
cellular signaling and transduction, gene expression, and
cellular communication [138]. Two of the best-studied
polyphenols are resveratrol, which is found in red wine,
and quercetin, which is mainly found in apples and onions
[139]. Both quercetin and resveratrol have been extensively
studied by exercise physiologists, as they are known to
promote mitochondrial biogenesis through PGC-1α signal-
ing by targeting SIRT1 [140–143]. Accordingly, mice supple-
mented with either resveratrol or quercetin are known to
increase their endurance running performance [142, 144].
Therefore, polyphenol supplementation may change the
skeletal muscle phenotype and thereby improve overall
physical fitness.

However, the results of human studies aiming at finding
an ergogenic or healthy effect of polyphenols are contradic-
tory. For instance, it has been reported that 30 days of
resveratrol supplementation in obese subjects improves car-
diovascular function and skeletal muscle metabolism [145].
However, in healthy postmenopausal women, there were no
effects on cardiovascular outcomes, lipid metabolism, or
glucose metabolism after 12 weeks of resveratrol supplemen-
tation [146]. Moreover, Glieman et al. [147] showed that
resveratrol supplementation during exercise blunted the car-
diovascular adaptations induced by exercise in older subjects.
Notably, young subjects also show a blunted effect of resver-
atrol on the skeletal muscle adaptations induced by exercise
[148]. Therefore, the health-related effects of resveratrol
could be more evident in diseased than in healthy subjects,
but there is also a negative interaction induced by resveratrol
on exercise adaptations.

In agreement with this notion, quercetin is known to
increase skeletal muscle SIRT1 mRNA levels in sedentary
but not trained animals [143]. However, human studies also
show contradictory data. It has been reported that supple-
mentation with 1000 mg/d quercetin for 2 weeks increases
intense cycling performance in sedentary subjects [149].
Notably, no effect of quercetin on ventilation, heart rate, or
oxygen consumption was observed during 60 min of low-
intensity steady-state cycling. In addition, MacRae and
Mefferd [150] supplemented a cocktail of antioxidants with
or without 300 mg of quercetin for 6 weeks in well-trained
subjects. They found that those consuming quercetin
increased exercise performance during a 30 km cycling
time-trial. It should, however, be noted that all the cocktails
contained 45 mg of caffeine, which could, at least, interfere
with the observed results. In addition, Davis et al. [151]
observed increases in VO2max and ride time to exhaustion
in untrained subjects following 7 days of consumption of
1000 mg/d quercetin. However, a meta-analysis classified
the effects of quercetin on exercise performance as unlikely
to translate into a real ergogenic effect [152]. In fact, Cureton
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et al. [153] designed a study in which several endurance
and time-trial tests were analyzed following at least 7 days
of supplementation with 1000 mg/kg quercetin. They
found no ergogenic effect of quercetin; moreover, they
found that skeletal muscle PCr recovery following 1 min
of isometric contraction was unaffected by quercetin. In
addition, well-trained subjects consumed chewing gum con-
taining 1000 mg of quercetin and other antioxidants, while
subjects in the control group consumed the same chewing
gum without quercetin [149]. The subjects consumed these
chewing gums for 14 days, during 3 days of intensified train-
ing period and for an additional 7-day period. The investiga-
tors found that quercetin improved the immunological
response to the intensified training period but failed to detect
changes in exercise performance and skeletal muscle mito-
chondrial biogenesis markers. Collectively, these findings
suggest that in contrast to mouse studies, quercetin does
not improve mitochondrial function in either sedentary or
trained humans. In addition, any performance-related effect,
which is more likely in sedentary subjects, may be due to an
enhanced immunological response to exercise.

It is noteworthy that in either mice [143] or humans
[147, 148], polyphenol supplementation seems to interfere
with skeletal muscle adaptations to exercise. This harmful
effect has not been studied in detail; however, the antioxidant
properties of polyphenols may be the underlying mechanism.
Indeed, an acute bout of exercise induces ROS production,
and this ROS release is attenuated as the skeletal muscle
adapts to exercise [154]. This observation suggests that exer-
cise training induces so-called oxidative eustress, which is
important for health because it maintains a balance between
oxidants and antioxidants [155]. Accordingly, exercise-
induced cellular adaptations are triggered by the signals
transduced by the ROS produced at the mitochondrial and
extramitochondrial levels [156, 157]. Accordingly, vitamin
C and E supplementation during exercise impedes exercise-
induced skeletal muscle adaptations in both humans and rats
[158, 159]. It will therefore be of great value to identify
whether different doses of polyphenols combined with exer-
cise may target key mitochondrial pathways without affecting
the redox balance elicited by exercise.

In addition, much attention has been paid to dietary
nitrate (NO3

-) supplementation, as it has been linked to
improvements in human exercise performance in a wide
range of physical activities [160]. Among these effects, it is
important to highlight that nitrate supplementation can
reduce the O2 cost of submaximal exercise. In fact, three to
six days of nitrate supplementation enhances the mitochon-
drial coupling efficiency, thereby improving skeletal muscle
P/O [161, 162]. However, more research is needed in this
area because similar to the other supplements discussed
above, the ergogenic potential of nitrate is blunted when
combined with high-intensity exercise [163].

Finally, we would like to consider the gut microbiota, as it
shares the property of nutrient metabolism with mitochon-
dria [164]. In addition, it has been observed that the host’s
fitness is related to gut immune function and microbiota
function [165, 166]. Moreover, a bidirectional cross-talk
between the gut microbiota and mitochondria has been

proposed. In fact, this symbiotic-like relationship between
the gut microbiota and mitochondria seems to be favored
by exercise training [167]. Thus, the regulation of the
mitochondria-gut axis in response to exercise will be a fertile
area of research for years to come.

7. Therapeutic Use of Exercise

Exercise evokes a multisystem response that leads to health
outcomes. In fact, exercise can be a useful tool for the treat-
ment of a number of metabolic diseases [168, 169]. Exercise
can revert the deleterious effects of disuse and aging [170]
and has positive effects on type 2 diabetes and cardiovascular
disease [171]. Indeed, it is currently widely accepted that
exercise is medicine. However, this concept requires
elucidation of the limit between physiological exercise and
deleterious exercise to find a balance in the personalization
of exercise [172]. The World Health Organization (WHO)
and American Heart Association (AHA) recommend 150
minutes of moderate intensity physical activity or 75 minutes
of vigorous physical activity weekly. The time intervals
should be at least 10 minutes or more per session. However,
these recommendations are currently under review, as it
is unclear which exercise doses (i.e., time × intensity) are
better to maximize the health-related effects of exercise.
For instance, it has been recently reported that cardiore-
spiratory fitness is associated with reduced long-term mor-
tality, and no upper limit of this benefit was observed
[173]. This finding is in line with recent advice to perform
three to five times the WHO physical activity recommen-
dations to achieve maximal benefits [168].

In addition to the exercise dose, it is also important to
highlight that the time of the day at which exercise is per-
formed may also limit health benefits in subjects suffering
from type 2 diabetes [174] and hypertension [175]. There-
fore, future research must characterize the best exercise doses
and regimens for both diseased and healthy populations. In
addition, the implications of circadian rhythms for exercise-
induced health benefits will also be an important field of
research in upcoming years. However, it is clear that regular
moderate intensity exercise is an easy and cost-free interven-
tion to improve overall health.

Regarding the main topic of the present review, it
should be noted that mitochondrial dysfunction is associ-
ated with aging, type 2 diabetes, and cardiovascular disease
[176–178]. Although it is currently unclear whether mito-
chondrial dysfunction is a cause or a consequence of the dis-
ease, recent studies in rodents suggest that mitochondrial
dysfunction triggers muscle atrophy in response to metabolic
disease [179]. Therefore, exercise may induce, at least in part,
its health benefits by improving mitochondrial function. In
addition, reduced respiratory SC assembly has been observed
in type 2 diabetic subjects [132] as well as in the aged heart
[130] and the brain cortex of aged rats [180]. In addition,
mitochondrial crista disruption is an important process that
leads to heart failure [181]. These observations highlight the
importance of maintaining mitochondrial function in gen-
eral and the mitochondrial SCs in particular to prevent some
metabolic diseases. Studies on how different types and doses
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of exercise affect SC organization in these diseases may help
to shed light on the key molecular pathways involved in these
metabolic diseases.

8. Future Perspectives

The effects of different exercise regimens on mitochondrial
function need to be further studied. Of particular relevance
seems to be the effect of exercise on mitochondrial fusion
and fission in aged and diseased populations. In addition,
whether exercise can improve mitochondrial P/O and skele-
tal muscle contraction efficiency due to mitochondrial SCs
assembly is another important topic in the field.
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Metabolic disorders are severe and chronic impairments of the health of many people and represent a challenge for the society as a
whole that has to deal with an ever-increasing number of affected individuals. Among commonmetabolic disorders are Alzheimer’s
disease, obesity, and type 2 diabetes. These disorders do not have a univocal genetic cause but rather can result from the interaction
of multiple genes, lifestyle, and environmental factors. Mitochondrial alterations have emerged as a feature common to all these
disorders, underlining perhaps an impaired coordination between cellular needs and mitochondrial responses that could
contribute to their development and/or progression.

1. Introduction

Obesity, diabetes, and Alzheimer’s disease (AD) are long-
term pathologies affecting millions of individuals in the
developed countries and progressively expanding also in
developing countries. Moreover, obesity and diabetes have
long been considered significant risk factors for the progres-
sion of late onset Alzheimer’s disease, and in recent years, a
growing number of epidemiological studies are finding
compelling connections between these complex metabolic
disorders [1, 2]. A coordinated approach to characterize
common, shared traits would be helpful to better understand
these conditions and, hopefully, devise prevention strategies.
There are several important and recognized intersections
among these disorders that point to common pathological
developments, but also possibly common, impaired meta-
bolic pathways. One such trait is insulin resistance which
commonly occurs in peripheral tissues in obesity and diabe-
tes, but has been also shown to occur in the brain of Alzhei-
mer’s disease patients [3, 4]. The canonical function of
insulin is the regulation of body metabolism, but it has as well
a role in promoting synaptic and neuronal plasticity which
are greatly compromised in AD [5, 6]. Dysregulated lipid

metabolism is common in obesity and diabetes; the increased
levels of free fatty acids (FFA) in the bloodstream can inhibit
the antilipolytic action of insulin and alter the permeability of
the blood brain barrier (BBB) resulting in FFA infiltrating in
the brain and contributing to brain damage and declining
cognitive functions [7, 8].

Another common trait is the presence of advanced glyca-
tion end products (AGEs) found in both diabetic and AD
patients [9, 10]; long standing, elevated glucose plasma levels
promote the formation of covalent adducts with proteins
through a nonenzymatic reaction called glycation. AGE
products alter the structure and function of biological mole-
cules and increase oxidative stress promoting intracellular
damage and apoptosis [11]. AGE products bind to the multi-
ligand transmembrane receptor for advanced glycation end
products (RAGE), and this interaction results in the activa-
tion of downstream signaling pathways including the activa-
tion of NF-κB transcription factor and the triggering of
proinflammatory responses [12]. It has also been reported
that RAGE promotes Aβ peptide production [13] with
consequences on the integrity of the BBB [14].

Inflammation is another common feature of these disor-
ders. Obese patients display low-grade chronic inflammation
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in the adipose tissue characterized by the infiltration of
inflammatory cells and the increased production and secre-
tion of proinflammatory factors [15, 16]. High levels of FFA
introduced with the diet can trigger an inflammatory cascade
initiated by Toll-like receptor 4 (TLR4) and the release of
proinflammatory cytokines such as TNF-α and interleukins
IL-1β and IL-6 [17]. The pathogenesis of diabetes is as well
associated with high immune system activation [18], and
inflammation is the main cause of diabetes complications
such as retinopathy, nephropathy, and neuropathy. It is
known that chronic hyperglycemia activates NF-κB and
stimulates the release of proinflammatory cytokines [19].
The effects of NF-κB-mediated metabolic inflammation are
deleterious and can result in impairments of intracellular
signaling and disruptions of metabolic physiology. Neuroin-
flammation has been known for many years to occur in AD:
glial cell activation is observed in the proximity of the lesions
[20]; moreover, preclinical genetic data have shown that the
activation of the immune system contributes to the patho-
genesis of the disease [21–23].

Of course, the key issue is to understand how mostly
peripheral metabolic impairments observed in obesity and
diabetes might be connected with cerebral pathological alter-
ations present in AD.

Mitochondria perform a number of essential activities for
cellular/tissue differentiation and survival ranging from ATP
production to reactive oxygen species (ROS) signaling, catab-
olism of fatty acid, ion homeostasis, biosynthesis of heme,
and cell death. Because of this central role played in cell
metabolism, it is not surprising that mitochondrial malfunc-
tioning has been linked to various different metabolic disor-
ders as different as type 2 diabetes [24], cancer [25], and
neurodegenerative disorders [26, 27].

Mitochondrial dysfunction is a broad term that comprises
maladaptive physiological responses such as impaired sub-
strate catabolism, dysregulated Ca2+ buffering, compromised
iron transport, and changes in mitochondrial dynamics,
and these could translate into insufficient ATP production,
increased ROS, and cell death. Mitochondrial dysfunctions
can be secondary events or consequences of altered metabolic
pathways: the cause of inflammation affecting adipose tissue
in obesity is not clear, but it is known that mitochondria are
important for maintaining metabolic homeostasis in white
adipocytes [28, 29], and it is known that an excessive sub-
strate availability affects mitochondrial functions [30–32].
Dyslipidemia and increased concentration of long-chain
fatty acids could induce oxidative stress and mitochondrial
dysfunction [33]; increased production of toxic Aβ oligomers
has been shown to impair mitochondria in AD [34]. But
mitochondrial dysfunctions could represent early events in
the development of a pathology: in a number of studies,
mitochondrial inheritance has been associated with obesity
and type 2 diabetes, as well as metabolic syndrome, insulin
resistance, and cardiovascular disease [35–37]. A recent
study has found an interesting genetic association of mito-
chondrial, nuclear mitochondrial variants and genes with
seven metabolic traits comprising body mass index, waist-
hip-ratio, fasting glucose, fasting insulin [38]: traits charac-
teristic of cardiovascular disorders, obesity, diabetes, and

neurodegeneration. These findings point to a subtler role of
the mitochondria in the development and possible origin of
complex metabolic disorders and make worth investigation
of possible connections among the mitochondria, metabo-
lism, and complex metabolic disorders.

2. Mitochondria Structure and Functions

Mitochondria originated from the endosymbiosis established
between an alpha-proteobacterium and a prokaryote cell
[39–41] that took place only once in eukaryotic evolution
[42]. It is commonly believed that the origin of complexity
preceded the acquisition of mitochondria [43, 44], but
recently, it has been proposed that mitochondria are prereq-
uisite to complexity [45], because oxidative phosphorylation
across the wide area of the internal membrane enabled an
almost 200,000 fold expansion of the original cellular genome
size. The energy necessary to sustain the expression and the
working of such a large number of proteins is provided
mostly by the mitochondria that, for this purpose, retain a
core of genes required for the expression of proteins of the
respiratory electron transport chain and of the ATP synthase
[46]. The rest of about 1200 proteins present in the mito-
chondria are encoded by genes present in the nucleus. This
peculiar feature makes the mitochondria, and the cell as well,
dependent on the coordinated cross talk between two inde-
pendent genomes, the nuclear and the mitochondrial one,
increasing the possibilities of malfunctioning and, for this
reason, demanding layers of checkpoint controls. In addition
to providing energy for the cell, the mitochondria are essen-
tial for signal transduction, cell proliferation, and cell death;
this array of important functions makes the regulation of
mitochondrial biogenesis vital for proper cellular functioning
[47]. The damage of normal mitochondrial dynamics caused
by mutations or environmental toxins can result in homeo-
static imbalances that can hamper mitochondrial membrane
potential and all the functions relying on it, such as ATP
production and active transport of proteins and ions
across the membrane; also, the fall in energy charge can
result in an increase in free radical production and altered
mitophagy [48, 49]. All these events can have direct impact in
the development and progression of complex disorders.
Figure 1 shows a representative image of detailed mitochon-
drial morphology.

3. Membranes and Membrane-
Delimited Domains

Mitochondria possess two separate and functionally distinct
membranes, the outer membrane (OM), which separates
the inside of the organelle from the rest of the cell and pro-
vides the platform for the communication interaction of the
mitochondria with other cellular compartments, and the
ultra-specialized and highly folded inner membrane (IM).
The building blocks of the two membranes are represented
mostly by phospholipids, while sterol content is usually
low, with the exception of the cells that synthetize steroid
hormones [50, 51]. The most abundant phospholipids are
phosphatidylcholine (PC) and phosphatidylethanolamine
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(PE), representing respectively about 40 and 30 percent
of total phospholipids; the less represented are phos-
phatidylinositol (PI) and phosphatidylserine (PS), together
comprising about 6 percent of total phospholipids [52, 53].
Interestingly, the lipid composition of the OM differs signif-
icantly from that of the inner membrane [54, 55]; moreover,
phospholipid distribution is not even across the leaflets of
the membranes [56, 57]. Both these features point to a
specific physiological role for each class of phospholipids.

Cardiolipin (CL) is the signature lipid of the mitochondria,
with content in the range of 15-20 percent, and it is
enriched in the IM [58, 59]; it regulates mitochondria bio-
energetics by binding to and influencing the activity of
respiratory chain complexes [60, 61]; furthermore, it also
stabilizes the respiratory supercomplexes [62, 63]. Consistent
with this function is the observation that CL-deficient
mitochondria have a decreased membrane potential [61].
Cardiolipin, as well as cardiolipin remodeling [64, 65], is
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fundamental for the structure of the inner membrane and
is critical for membrane dynamics, both IM fusion [66, 67]
and fission [68, 69], via its interaction with mitochondrial
proteins OPA1 and Drp1, respectively. In addition, CL has
an important role in mitochondria quality control: the
externalization of CL to the outer membrane is recognized
as a signal for mitophagy, likely through a specific interac-
tion with microtubule-associated protein 1A/1B-light chain
3 (LC3) [70, 71].

The outer membrane is critical for the communication
and interactions between the mitochondria and the rest of
the cell; the passage of small solutes and larger molecules is
finely regulated by several channels. Ions and small mole-
cules exchange through the abundant voltage-dependent
anion channel (VDAC) [72]. Bigger molecules, especially
proteins, are imported via specialized channels, part of large
translocase complexes [73]. Tom40, the main protein import
channel of the translocase of the outer membrane (TOM),
transports numerous proteins presenting positively charged
targeting sequences [74]; Sam50 of the sorting and assem-
bly machinery (SAM) inserts β-barrel precursor proteins
into the outer membrane [75, 76]. Yeasts also possess
Mdm10, the mitochondrial distribution and morphology
protein which, together with its role in the sorting and
assembly machinery [77], acts as a membrane anchor of the
ER-mitochondrial encounter structure ERMES tethering
the ER and mitochondria [78, 79]. Recently, other proteins
forming non-β-barrel channels on the mitochondria outer
membrane have been discovered in yeast, suggesting a higher
than expected degree of fluxes’ regulation at the level of the
OM [80].

The IM presents a much more expanded surface than the
surrounding OM, because of its largely folded structure.
Given its characteristic conformation, it is considered to be
composed by two morphologically identifiable subdomains:
the portion of the membrane closely apposed to the outer
membrane is called the inner boundary domain, while
the tubular or lamellar structures that extend into the cen-
tral mitochondrial compartment are the cristae [81]. The
inner boundary membrane is enriched with proteins par-
ticipating in the transport of ions (i.e., the Ca2+ uniporter;
the Ca2+/Na+ exchanger), metabolites (pyruvate carrier,
ATP/ADP exchanger), and proteins (the two major com-
plexes are TIM22, the carrier translocase of the inner
mitochondrial membrane, and TIM23, the presequence
translocase of the inner mitochondrial membrane) [82–84].

The cristae membranes are the main site where oxida-
tive phosphorylation takes place, as they host the fully
assembled complexes of the electron transport chain and
the ATP synthase. Cristae architecture is quite heteroge-
neous, depending on the cell type and the energetic state of
the mitochondria [85–87].

Cristae are connected to the inner boundary domain by
narrow tubular structures of varying length and diameter
ranging from 12 to 40 nm: the crista junctions [88–90]. The
hallmark shape of the crista junctions characterized by a high
negative curvature of the membrane is produced and
maintained by a conserved mitochondrial contact site and
crista organizing system (MICOS). Two distinct MICOS

subcomplexes have been identified: one, marked by the core
component Mic60, is directly involved in the formation of
contact sites between the outer and the inner membrane
and is thought to stabilize crista junctions via interaction
with the outer membrane TOM and SAM complexes
[91, 92]. The second MICOS subcomplex is characterized
by the presence of the Mic10 core component which has
the ability to oligomerize and bend the IM and is critical
for the formation of crista junctions [93, 94].

The crista junctions are thought to represent a barrier for
the free movement of soluble proteins and metabolites
between the intermembrane and the intracrista space [89].

The intermembrane space (IMS) between the inner and
outer membranes possesses an ionic composition similar to
the one of the cytosol, but a specific protein content [95].
Some physicochemical properties of the IMS have been
reported to differ from the ones of the cytosol. For example,
the pH, measured with targeted pH-sensitive GFP, is proved
to be slightly more acidic [96]; also, the ratio between
reduced and oxidized glutathione is lower, and the IMS com-
partment at the steady state is more oxidizing than the cyto-
sol [97]. The many functions of this compartment are being
defined, clarifying its critical role in the coordination of mito-
chondrial activities with several cellular processes including
the exchange of proteins, lipids, and metal ions between the
matrix and the cytosol; the mediation of signaling pathways
that regulate respiration and metabolic functions; the regu-
lated initiation of apoptotic cascades; the confinement of
reactive oxygen species produced by the respiratory chain;
or the control of mitochondrial morphogenesis [98]. The
constriction represented by the crista junctions limits the free
diffusion of molecules within the IMS and separates this
space into two discrete regions. This compartmentalization
could serve to optimize mitochondrial performance: the
restricted diffusion of protons might improve the efficiency
of the respiration-driven ATP synthesis. Also, large amounts
of the soluble electron carrier protein cytochrome c are con-
fined within the lumen of the cristae in close proximity to the
position where respiratory chain complexes are preferentially
found [99, 100], and the release of cytochrome c from the
crista space during the apoptotic process requires opening
of the crista junctions [101, 102].

The inner membrane surrounds the innermost mito-
chondrial compartment: the matrix which is the site of mito-
chondrial DNA (mtDNA) replication and transcription, of
protein synthesis, and where numerous enzymatic reactions
take place. These biosynthetic reactions include those of the
tricarboxylic acid cycle (TCA) and fatty acid β-oxidation.
The pH of the matrix is kept at around 8 [103], slightly higher
than the cytoplasmic pH which is around 7 and higher than
the intermembrane pH: this difference in proton concentra-
tion is exploited by the ATP synthase to drive the synthesis
of the high energy adenosine triphosphate (ATP) molecule.

4. Respiratory Chain

The inner membrane hosts the four large complexes of
respiratory chains I-IV and the ATP synthase. Complex I,
NADH/ubiquinone oxidoreductase, is the largest respiratory
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complex; the bovine enzyme contains at least 45 subunits and
has a molecular mass greater than 900 kDa [104]. It repre-
sents the entry point of the electrons (e-) in the respiratory
chain: two e- donated by NADH are used to reduce mem-
brane soluble ubiquinone to ubiquinol, and the process is
coupled with the vectorial transport of four protons across
the IMM. So the energy released in the transfer of electrons
through complex I, and also complexes III and IV, is not lost
to heat; instead, it is used to pump protons across the
membrane to build the mitochondrial membrane potential.
Complex I consists of two domains, also called “arms”: the
hydrophobic arm is inserted into the membrane, while the
hydrophilic arm protrudes into the matrix. The minimal
module of complex I sufficient to catalyze energy transduc-
tion is composed of 14 core subunits. In eukaryotes, the 7
core subunits of the membrane arm are encoded by the mito-
chondrial genome, while the 7 core subunits of the peripheral
arm are encoded by the nuclear genome. In addition to the
core subunits, complex I of the eukaryotes possesses a large
number of accessory subunits [105, 106]. The reaction of
mitochondrial complex I is reversible, and e- can be trans-
ferred from ubiquinol back to NAD+ at the expenses of the
proton motive force. This reaction can cause an increase in
superoxide production, which is rapidly dismutated into
hydrogen peroxide H2O2 [107]. An interesting feature of
complex I is that it can assume two different states: active
state A and dormant state D [108], characterized by structural
rearrangements and different catalytic activities [109, 110].
TheA-form is predominant during steady-state aerobic respi-
ration; it catalyzes the fast NADH:ubiquinone oxidoreductase
reaction. In low-oxygen conditions, theA-form can convert to
the D-form which has a lower activity and an initial lag phase;
the D-form can be reactivated in the presence of O2 and
ubiquinone. The A/D transition during ischemia reperfusion
episodes has the ability to limit the “burst” of ROS which
occurs in the early stage of reperfusionwhenO2 levels increase
and metabolic intermediates are imbalanced [111].

In the mammalian mitochondria, complex II succinate
dehydrogenase (SDH) directly reduces coenzyme Q with e-

donated by the FADH coenzyme. It is both a component of
the TCA cycle (it catalyzes the oxidation of succinate to
fumarate) and an electron transfer complex, and it is the only
component of the respiratory chain encoded exclusively by
nuclear genes (only few exceptions are known [112]). It is
composed of a flavoprotein which contains the FAD cofactor
and an iron-sulfur protein which has three FeS clusters: these
form the catalytic subunit; in addition, mammalian complex
II has two transmembrane proteins (SDHC and SDHD)
[113] that contribute the ubiquinone binding sites. At
variance from the other complexes of the respiratory chain,
complex II does not pump protons across the IMM. As
SDH lies at the crossroad of two essential pathways, emerg-
ing evidences show that both its biosynthesis and function
are closely regulated at posttranslational levels to adapt to
metabolic demands [114], and its altered regulation has been
linked to several diseases [115, 116].

Complex III, cytochrome c reductase, comprises 11 sub-
units; it accepts e- from reduced coenzyme Q (ubiquinol)
and transfer them to cytochrome c. It is a symmetrical dimer

with three conserved core subunits: cytochrome b (cyt b),
cytochrome c1 (cyt c1), and the Rieske iron-sulfur protein
[117]. cyt b is the only mtDNA-encoded subunit of complex
III; it provides the complex with two distinct binding sites for
quinone [118]; while the soluble domain of cyt c1 provides
the site of interaction with cytochrome c [119]. Complex III
is another site of ROS production, and it can possibly release
ROS both in the IMS and in the matrix [120]. ROS produced
by complex III are thought to have a signaling role contribut-
ing to promote apoptosis [121] or to produce the adaptive
response to hypoxia [122].

Complex IV, the mitochondrial cytochrome c oxidase
(COX), is the terminal oxidase of the mitochondrial respira-
tory chain: it catalyzes the transfer of electrons from reduced
cytochrome c to O2, coupling it to the pumping of protons to
the intermembrane space. It is a multimeric enzyme com-
posed of three subunits (COX1-3) conserved from α-proteo-
bacteria; these subunits are encoded by the mtDNA and form
the catalytic core of the complex [123]. In mammalian cells,
up to 11 more subunits encoded by the nuclear genome
participate in the COX structure and regulate the enzyme
activity to coordinate energy production with the cellular
needs [124]. The nuclear encoded subunits present multiple
tissue-specific isoforms with slightly different structural
features that could impinge on the organization of the holo-
complex and on the performance of the enzyme, perhaps
helping to meet the different metabolic needs of the different
tissues [125, 126]. Impaired COX functioning has conse-
quences on cellular energy metabolism and could result in
increased ROS production.

5. Supercomplexes

The respiratory chain complexes interact with various
stoichiometries to form supercomplexes [127, 128]. The
assembly of one unit of complex I, two units of complex III,
and one of complex IV is often called the respirasome. The
supramolecular association stabilizes individual complex
and is thought to increase the efficiency of direct electron
transfer from the donor to the acceptor complex by reduction
of the diffusion time [129, 130]; it may also decrease the
amount of ROS produced during electron transport
[131, 132]; the association between complex I and complex
III might contribute to sequestering ubisemiquinone, the
reactive ubiquinol intermediate which can react with O2 to
generate superoxide.

6. F1-Fo ATP Synthase

The F1-Fo ATP synthase is a complex nanomachine that uses
the electrochemical proton gradient generated by the respira-
tory chain to synthesize ATP. It comprises two functional
domains: the soluble portion, F1 situated in the matrix,
and the Fo part embedded in the IMM. F1 is composed
of three copies of each subunit α and β, plus one copy
of the subunits γ, δ, and ε; these last components form
the central stalk of the complex. Fo consists of 8 copies
(in bovine mitochondria) of protein c forming a ring struc-
ture [133]. One copy of each subunit a, b, d, F6, and OSCP
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forms the peripheral stalk which lies on one side of the
complex. Additional membrane subunits e, f, g, and A6L
are associated with Fo [134, 135]. Only subunits a and A6L
are encoded by the mitochondrial genome [136]. Protons
move through the Fo complex embedded in the membrane,
driving the motion of the rotor composed of the ring of c sub-
units and of γ. The central stalk propagates the momentum
to the catalytic F1 subunit where ADP and phosphate react,
through a sequence of conformational changes, and F1 cata-
lyzes the synthesis of ATP. When the respiratory chain is
impaired or cannot sustain the potential difference across
the IMM (Δψ), the F1Fo ATP synthase can work in reverse
hydrolyzing ATP and pumping protons from the matrix to
the IMS [137]. The ATP synthase associates in dimers via
the Fo portion of the holocomplex [138, 139], and the dimers
have been shown to form double rows along the crista edges
of the IMM.Molecular dynamics simulations suggest that the
dimers are able to bend the lipid bilayer and contribute to
form the cristae [140]. Recently, a novel function has been
proposed for the ATP synthase as the core component of
the mitochondrial permeability transition pore (PTP),
allowing the regulated opening on the inner membrane of a
channel with a molecular cut-off of about 1500Da [141].

7. Mitochondrial DNA

Mitochondria possess their own DNA (mtDNA) with a
specific genetic code distinct from the nuclear one. mtDNA
is a circular molecule of 16.5-kilobase (kb) pairs, compacted
into DNA-protein supramolecular assemblies called the
nucleoids with a diameter of about 100nm and present at
approximately 1000 copies per cell [142, 143]. At variance
from the nuclear DNA, mtDNA has mostly a uniparental
inheritance, and for the majority of organisms examined, it
is inherited from the female parent [144]. The mtDNA has
been reduced during evolution with the transfer of about 99
percent of its genes to the nucleus; it encodes the core genes
for bioenergetics: 13 polypeptides of the respiratory chain
in complexes I, III, and IV, and in the ATP synthase; two
ribosomal RNAs (mt-rRNAs); and 22 transfer RNAs
(mt-tRNAs). All these genes are essential for normal mito-
chondrial function. In addition, there is a noncoding
sequence, the displacement loop (D-loop), which comprises
the replication origins and promoters formtDNA.Mitochon-
dria can respond to changes in membrane potential modulat-
ing the expression of respiratory chain proteins [145, 146].

Respiration rate correlates with the amount of mtDNA in
the cells [147], and precise regulation of the mtDNA copy
number is necessary for maintaining cellular energy
demands: cells with high energy needs, such as neurons and
muscle cells, are mostly at risk of energetic failure as a conse-
quence of mtDNA mutation/depletion; in fact, mtDNA
depletion or increased degradation has been implicated in
human diseases such as Parkinson’s [148, 149], Alzheimer’s
disease [150, 151], and aging [152, 153]. Compared to the
nuclear DNA, mtDNA has a much high sequence evolution
rate [154, 155] that could result in the generation of numer-
ous mutations throughout the life of the cell and the entire

organism, and mtDNA variants could influence individual
susceptibility to complex diseases [156, 157].

8. Alzheimer’s Disease

Among neurodegenerative disorders, Alzheimer’s disease
(AD) is the most common form of dementia worldwide
[158]; it is characterized by a progressive and fully debilitat-
ing decline in cognitive functions. Fundamental neuropatho-
logical hallmarks of AD are the extracellular deposits of
insoluble proteins, the plaques, primarily composed of amy-
loid-β (Aβ) peptides, and the intracellular neurofibrillary
tangles (NFTs) mainly constituted by phosphorylated
microtubule-associated protein tau (Mapt). Compared to
nonaffected subjects, tau is abnormally phosphorylated in
the brain of AD patients and this can contribute to its mis-
sorting to dendritic filaments and to its polymerization and
aggregation [159]. A correspondence is observed between
NFT deposition and synapse loss during the course of AD,
and each of these processes further correlates with cognitive
decline [160].

The large majority of AD cases are sporadic with age
being the single most important risk factor, and the presence
of the ε4 allele of apolipoprotein E a substantial contribut-
ing element [161]. A small, but significant, percentage of
cases (between 1 and 5 percent), called collectively familial
Alzheimer’s disease (FAD), is due to dominant mutations in
one of the three genes involved in the synthesis and process-
ing of the amyloid protein. These genes encode for the
amyloid precursor protein (APP), presenilin 1 (PS1), and
presenilin 2 (PS2), respectively, and the pathological muta-
tions cause an aberrant production of Aβ peptides: soluble
Aβ peptides of various lengths are thought to be the most
pathological forms contributing in the dysfunction and ulti-
mately the demise of neurons. The substantial pathological
identity between the sporadic and the familial forms of the
disease contributed to the proposition of Aβ deposition as
the central event in the genesis of the disease (the amyloid
cascade hypothesis (ACH)) [162, 163]; though developing,
increased knowledge of the disorder posits that this hypoth-
esis falls short of explaining its complete etiology [164]. In
fact, the precise origin(s) of the disease is not completely
understood, but it is now thought that about 70 percent of
the AD risk is attributable to genetic factors: in fact, a combi-
nation of environmental and genetic elements most likely
contributes to the disorder though the pathways involved
are incompletely understood [165]. Thus, AD appears as a
very complex process, perhaps consisting of different inter-
acting phases, characterized by the individual contribution,
as well as the interaction, among the different cell types pres-
ent in the affected brain areas [166].

9. Obesity

Obesity is a metabolic disorder that causes an abnormal or
excessive fat accumulation that can severely impair health.
The fundamental cause of obesity is the energy imbalance
between calories consumed and calories expended, as the
result of combined increased intake of energy-rich food,
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and the decrease in physical activity. Obesity is a major risk
factor for several other diseases such as diabetes and cardio-
vascular diseases and some types of cancer [167]. It is charac-
terized by low-grade, chronic inflammation [16], an increase
in oxidative stress [168, 169], and also, mitochondrial dys-
function and altered mitochondrial biogenesis have been
frequently observed [170–172]. It is still not known how
mitochondrial functioning changes in the adipose tissue in
obesity, whether it contributes to the early development of
the metabolic alteration and whether it is genetic or acquired,
but mitochondrial dysfunction has been implicated in the
development of insulin resistance [173–175] which is a
common feature in obesity.

10. Diabetes

Diabetes comprises an early onset (already in early child-
hood) disease denominated type 1 caused by the complete
failure of the pancreatic islet β-cell to produce insulin, and
it requires exogenous insulin administration for survival;
and a chronic, progressive disease denominated type 2
(T2D) characterized by an initial increased insulin secretion
leading to islet stress and loss of glucagon/insulin homeosta-
sis. Both disorders present an altered glucose homeostasis
that can have serious adverse outcomes compromising brain
functions and altering the functionality of peripheral tissues.
T2D is a complex disorder resulting from the interaction
between genes and the environment, and several risk factors
have been identified ranging from age to sex, diet, and ethnic-
ity. It often associates with obesity and insulin resistance.
Genetics is an important factor in the development of T2D,
though heritability estimates are quite variable among differ-
ent studies, from 22 to 69 percent, and might depend on the
age of onset [176, 177]. The challenge is to find genetic
markers that explain the increased risk associated with a fam-
ily history of diabetes. T2D is characterized by an increase in
proinflammatory cytokines and chemokines that involves
several organs, and the characteristic hyperglycemia results
in amyloid deposits that cause increased redox stress for the
cells [178].

T2D is considered a protein misfolding disorder associ-
ated with the accumulation of islet amyloid polypeptide
(IAPP) in pancreatic islets. IAPP, also called amylin, is a pep-
tide hormone cosecreted with insulin from the pancreas.
Amylin is elevated in the blood of T2D patients, and mis-
folded IAPP has been found in the brain of AD patients with
T2D [179]; also, Aβ and phosphorylated tau can be found in
the pancreas of T2D patients [180]. T2D and impaired
fasting glucose represent a comorbidity in about 80 percent
of AD patients [181].

Disease-specific, and common phenotypes among T2D,
obesity, and Alzheimer’s disease are illustrated in Figure 2.

11. Association between Obesity, Diabetes,
and AD

Several common medical conditions such as heart disease,
type 2 diabetes, obesity, and late onset neurodegenerative
disorders do not have a single genetic cause: they are likely

associated with the effects of multiple genes (polygenic) in
combination with lifestyle and environmental factors. These
multifactorial disorders often cluster in families, but do not
have a clear pattern of inheritance, and this makes it difficult
to determine a person’s chance of inheriting or passing on
these disorders.

Recently, substantial evidence points to a link between
metabolic diseases such as obesity and diabetes and a person’s
susceptibility to develop Alzheimer’s disease. In particular,
several longitudinal studies observed an association between
a larger waist-hip ratio in middle-age and the increased risk
of developing dementia later in life [182] or with a decreased
hippocampal volume [183]. Also, a significant relation
between obesity in midlife, and the risk of developing demen-
tia later in life has emerged in several epidemiological studies
[184–188]. It is worth mentioning, though, that a retrospec-
tive cohort study has observed an increased risk of dementia
in later life associated with underweight in middle age, ques-
tioning the link between obesity and dementia [189]. So these
correlations between obesity and dementia are worth more to
be studied in order to dissipate discrepancies. High glucose
levels have also been found to be a risk factor for dementia,
even among people without diabetes [2], and high levels of
glycosylated hemoglobin have been associated with lower
scores in cognitive function tests [190–192]. A mechanistic
link between obesity, diabetes, and dementia could be the
low-grade peripheral inflammation, due to chronically ele-
vated levels of circulating free fatty acids, and the develop-
ment of insulin resistance [193, 194]. Insulin resistance,
defined as an insufficient cellular response to a given dose of
the hormone, decreases the ability of the cell to preserve
energy homeostasis. In the brain, proinflammatorymolecules
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Figure 2: Specific and common features among type 2 diabetes,
obesity, and Alzheimer’s disease.
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such as TNFα released from activated microglia were found
to contribute to impaired insulin signaling and synapse loss
via aberrant activation of JNK signaling that in turn causes
a decreased activation of PI3-kinase and Akt proteins with
consequences for cellular growth and increased susceptibility
to apoptosis.

Increased inflammatory signaling leads also to an increase
in ROS production. In the brain, controlled ROS production
is involved in synaptic signaling and mechanisms related to
long-term potentiation and memory consolidation [195]; an
imbalance between ROS production and antioxidant defenses
[196] could lead to oxidative stress and increased amounts of
oxidized lipids, proteins, and nucleic acids [197]. In fact, in
the AD brain, an augmented ROS production occurs together
with suppressed mitochondrial fast axonal transport, [198]
fragmentation of neuronal mitochondria and impaired
mitochondrial dynamics at synapses [199].

A subtle but chronic impairment in energy production
could also develop in neurodegeneration later in life. More
recently, an early developing metabolic defect impinging
most likely on glycolysis and resulting, as a cascade effect,
also on mitochondria energy production with a significant
decrease in NAD(P)H concentration has been observed in a
mouse model of familial AD disease bearing a mutated form
of human PS2 and mutated human APP [200].

12. Mitochondria and Metabolic Disorders

Mitochondria might not be simply the subjects on which
altered metabolism impinges causing their malfunctioning
but could also be principal actors conditioning the cellular/-
organismal response to the environment. Dysregulated mito-
chondrial Ca2+ signaling and Ca2+ homeostasis are involved
in the pathogenesis of insulin insensitivity and T2D [201],
and altered ER mitochondrial Ca2+ signaling is a crucial
aspect in the impairments produced by the mutated PS2 pro-
tein that can have a major role in the development of neuro-
degeneration in FAD cases [202, 203].

The presence in the cell of two distinct genomes implies
that the nucleus andmitochondriamust coordinate transcrip-
tion and translation and also the translocation of mitochon-
drial proteins [204]. The nucleus controls mitochondrial
functions through so-called “anterograde regulation,”modu-
lating mitochondrial activity and promoting mitochondrial
biogenesis to meet the cellular needs. Conversely, mitochon-
dria signal to the nucleus the need to modify nuclear gene
expression for adaptive cellular responses via “retrograde

response” [205]. Miscommunication between the nucleus
and mitochondria can have important consequences for the
cell; defects in the regulation/expression of several mitochon-
drial proteins have been associated with metabolic pheno-
types in animal models and in humans. Altered functioning
of several mitochondrial chaperones HSP60, HSP90, and
HSP72 has resulted closely associated with insulin resistance,
obesity, and type 2 diabetes, both in animal models and in
humans [206–208]. Mitochondria also possess an array of
conserved proteases important for quality control: the LON
protease (LONP1) degrades oxidized proteins within the
matrix, and a reduced expression has been associated with
chronic stress, aging, and age-related disorders [209]. The
protease presenilin-associated rhomboid-like (PARL) regu-
lates oxidative phosphorylation in skeletal muscle and insulin
signaling; knockdown of PARL causes malformation of the
cristae, increases oxidative stress, and impairs insulin
signaling [210].

The mitochondrial genome itself has been shown to
deeply influence several aspects of physiology ranging from
insulin signaling and obesity to telomere shortening and
median lifespan: mtDNA haplotypes, nonpathological mito-
chondrial DNA variants, appear to have a broad effect on
metabolism, and the differences observed seem to be more
pronounced later in life [211].

The dual genomic origin of mitochondrial components,
frommtDNA and nDNA, with the former subjected to a high
mutational rate [154, 155] prompted the hypothesis that
mitochondrial variants influence individual susceptibility to
complex diseases [156, 157]. In particular, human mtDNA
presents large sequence variability within populations, and
many studies have suggested that mtDNA variants may be
associated with ageing or diseases. Moreover, a generalized,
systemic energy defect could in fact result in organ-specific
symptoms since mitochondrial dysfunctions affect the cellu-
lar energy balance [212], and energy demands differ between
different cell types and different organs.

A recent study has associated mitochondrial and
nuclear mitochondrial variants with seven metabolic traits
ranging from body mass index (BMI) and glycosylated
hemoglobin (HbA1c) to fasting glucose and insulin [38].
The study examined risk factors involved mainly in car-
diovascular disease, but traits have emerged linked to some
neurodegenerative disorders and in particular to Alzheimer’s
disease. In fact, a number of these variants are also found
among the risk genes for Alzheimer’s disease discovered
by genetic meta-analysis of clinically diagnosed late-onset

Table 1: Common risk genes identified in genetic meta-analysis of Alzheimer’s disease and in the study of metabolic traits associated with
mitochondrial and nuclear mitochondrial variants and genes [38].

Gene SNV Full gene name SNV

WWOX WW domain-containing oxidoreductase rs1847591

MTCH2 Mitochondrial carrier 2 rs4752856

PSMC3 Proteasome 26S subunit, ATPase 3 Expression regulated by MTCH2 rs4752856

C1QTNF4 C1q and TNF-related 4 Expression regulated by MTCH2 rs3817335

CELF1 CUGBP Elav-like family member 1 Expression regulated by MTCH2 rs7118178

ACP2 Acid phosphatase 2, lysosomal Expression regulated by NR1H3 rs7120118
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Alzheimer’s disease [213]; common risk genes are summa-
rized in Table 1.

13. Conclusions

A growing body of data points to a close relationship between
metabolic disorders such as obesity, diabetes, and neurode-
generation. Moreover, altered mitochondrial functions
emerge in all those diseases. Perhaps, this comes not as a sur-
prise given the numerous, important functions sustained by
the mitochondria in the cell: in particular the production of
energy necessary for all cellular functions and also the release
of signaling molecules in response to external stimuli. All
these aspects are worth investigating for a better insight of
chronic and debilitating disorders that do not have a univocal
etiology and that are affecting an ever-increasing number of
people worldwide. In particular, a deeper understanding of
the interaction of a specific mtDNA haplotype and the
environment could provide the development of preventative
strategies to delay or hopefully block the progression of
the disorders.
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Concentrations of low-density lipoprotein (LDL) above 0.8mg/ml have been associated with increased risk for cardiovascular
diseases and impaired endothelial functionality. Here, we demonstrate that high concentrations of LDL (1mg/ml) decreased
NOS3 protein and RNA levels in primary human endothelial cells. In addition, RNA sequencing data, in particular splice site
usage analysis, showed a shift in NOS3 exon-exon junction reads towards those specifically assigned to nonfunctional transcript
isoforms further diminishing the functional NOS3 levels. The reduction in NOS3 was accompanied by decreased migratory
capacity, which depends on intact mitochondria and ATP formation. In line with these findings, we also observed a reduced
ATP content. While mitochondrial mass was unaffected by high LDL, we found an increase in mitochondrial DNA copy
number and mitochondrial RNA transcripts but decreased expression of nuclear genes coding for respiratory chain proteins.
Therefore, high LDL treatment most likely results in an imbalance between respiratory chain complex proteins encoded in the
mitochondria and in the nucleus resulting in impaired respiratory chain function explaining the reduction in ATP content. In
conclusion, high LDL treatment leads to a decrease in active NOS3 and dysregulation of mitochondrial transcription, which is
entailed by reduced ATP content and migratory capacity and thus, impairment of endothelial cell functionality.

1. Introduction

Diet plays a crucial role in the development and prevention
of cardiovascular diseases. A diet high in saturated fat
increases the risk of heart disease and stroke. It is estimated
to cause about 31% of coronary heart disease and 11% of
stroke worldwide. Cholesterol is carried through our blood
by particles called lipoproteins: high-density lipoprotein

(HDL) and low-density lipoprotein (LDL). HDL cholesterol
reduces the risk of cardiovascular disease as it carries choles-
terol away from the bloodstream. High levels of LDL choles-
terol lead to atherosclerosis increasing the risk of heart attack
and ischemic stroke. Already in 2002, Minamino et al. dem-
onstrated that human atherosclerotic lesions contain vascu-
lar endothelial cells with senescence-associated phenotypes
[1]. We have previously demonstrated for the first time that
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indeed high LDL is responsible for inducing senescence in
human primary endothelial cells by treating them with
1mg/ml LDL for one week. Those doses induced cellular
senescence and loss of endothelial NO synthase (NOS3) [2].
Given the fact that endothelial functionality depends on the
production of NO by NOS3 [3], it can be concluded that high
doses of LDL lead not only to cellular senescence but also
endothelial dysfunction, which is further characterized by
endothelial activation, increased apoptosis sensitivity, and
decreased migratory capacity [4, 5]. In agreement with our
data in human primary endothelial cells, it was recently
shown that intravenous injection of LDL in mice resulted in
endothelial cell senescence and dysfunction in vivo. Interest-
ingly, this dysfunction was accompanied by reduced mito-
chondrial oxygen consumption in the endothelium [6]. In
this context, we already demonstrated that migratory capac-
ity of endothelial cells depends on intact mitochondria. For
that purpose, we had generated Rho0 human primary endo-
thelial cells, which have nonfunctional mitochondria, such
that their ATP production solely depends on glycolysis. We
found that those cells are unable to migrate underscoring
the importance of mitochondria as an energy source [7]. This
is further emphasized by the fact that the inhibition of the
mitochondrial ATP synthase by oligomycin in endothelial
cells reduced the ATP content by approximately 60% [8].
Along the same lines, improvement of mitochondrial func-
tionality with caffeine in endothelial cells increases ATP
content and migratory capacity [9]. Thus, endothelial func-
tionality depends on intact mitochondria and ATP pro-
duced therein. On the other hand, endothelial senescence
and dysfunction seem to be accompanied by reduced mito-
chondria functionality. However, the underlyingmechanisms
are poorly understood and not well studied. Therefore, we
investigated the effects of high LDL in human primary
endothelial cells under conditions leading to endothelial
dysfunction on mitochondrial DNA, RNA, protein levels,
mass, and functionality.

2. Material and Methods

2.1. Cell Culture. Human primary endothelial cells were cul-
tured in endothelial basal growth media (EBM) from Lonza,
supplemented with hydrocortisone (1μg/ml), bovine brain
extract (12μg/ml), gentamicin (50μg/ml), human epidermal
growth factor (10 ng/ml), and 10% fetal calf serum (EBM
complete). The cells were treated with high concentrations
of LDL (high LDL) as previously described [2]. In detail, cells
were seeded into cell culture dishes and incubated with the
cultivation media for two days. After a medium change, the
cells were further cultivated in the EBM complete medium
(con) or the same medium containing 1mg/ml LDL (high
LDL). The media were changed every two days for 5 to 7 days
depending on the experiment.

2.2. Isolation of Total RNA. For isolation of total RNA, cells
were lysed using TRIzol (Thermo Fisher Scientific, Schwerte,
Germany) and RNA was isolated according to the manufac-
turer’s specifications. RNA was subjected to a second purifi-
cation step using the RNeasy Mini Kit (Qiagen, Hilden,

Germany).RNAconcentrationsweremeasuredusing aNano-
Drop 2000c (Thermo Fisher Scientific, Schwerte, Germany),
and RNA integrity was determined using a Bioanalyzer
(Agilent, Waldbronn, Germany).

2.3. RNA Sequencing Analysis. RNA sequencing data was
obtained from quadruplicate total RNA samples. After
DNase treatment, a library for sequencing was constructed
using the TruSeq® Stranded mRNA Sample Preparation kit
(Illumina), according to the Ribo-Zero protocol to remove
ribosomal RNA. Subsequently, the libraries were sequenced
using HiSeq3000 (Illumina) generating an average of 392
million single-end reads per sample. Library constructions
and sequencing were performed at the Genomics and
Transcriptomics Laboratory at the Biological Medical
Research Centre (BMFZ) of the Heinrich-Heine University
Düsseldorf. The quality of the reads was assessed using the
tool FASTQC by Andrews (http://www.bioinformatics.
babraham.ac.uk/projects/fastqc/) and MultiQC [10]. Subse-
quently, with the help of Trimmomatic version 0.36 [11],
reads were trimmed or discarded based on their base calling
quality and their adapter content. Afterwards, the extent of
rRNA depletion was measured by mapping the reads to
rRNA databases using the SortMeRNA algorithm version
2.1b [12]. For alignment and the following analyses, the
human genomic reference sequence (GRCh38) and annota-
tion data (release 91) were downloaded from Ensembl [13]
and BioMart [14]. After aligning the reads to the human ref-
erence using the two-pass mapping protocol of the STAR
aligner (2.5.4b) [15], expression of the mitochondrial genes
was calculated with the HTSeq python script [16]. Read cov-
erage of gene-to-gene boundaries of mitochondrial tran-
scripts was calculated using the SAMtools software package
[17]. For DGE analysis with the R package DESeq2 version
1.18.1 [18], count matrices were generated using the software
salmon version 0.9.1 [19].

Scripts used for this work are publicly available at https://
github.com/caggtaagtat/Endothelial-mitochondria. FASTQ
file preparation and alignment was accomplished using
customBASHshell scripts in the environmentof theHighPer-
formingCluster of theHeinrich-HeineUniversityDüsseldorf.
Computational support and infrastructure were provided by
the “Centre for Information and Media Technology” (ZIM)
at the Heinrich-Heine-University Düsseldorf.

2.4. Real-Time PCR Analysis of Transcript Levels. Total RNA
was treated with RNAse-free DNase and reversed transcribed
using SuperScript IV (Thermo Fisher Scientific, Schwerte,
Germany) with random hexamers (pdN6) and oligo dT20 as
primers. Relative transcript levels were determined by semi-
quantitative real-time PCR using the nuclear-encoded tran-
script for the ribosomal protein L32 (RPL32) as reference.
The PCR reactions were done in a Rotor-Gene Q instrument
(Qiagen, Hilden, Germany) using the SYBR Green qPCR
Mastermix (Bimake, Munich, Germany) with the primer
pairs listed below. All primer pairs for the analysis of nuclear
transcripts were intron-spanning. For quantitation of mito-
chondrial transcripts, control reactions were performed with
mock cDNAs, which were generated in a cDNA synthesis

2 Oxidative Medicine and Cellular Longevity

http://www.bioinformatics.babraham.ac.uk/projects/fastqc/
http://www.bioinformatics.babraham.ac.uk/projects/fastqc/
https://github.com/caggtaagtat/Endothelial-mitochondria
https://github.com/caggtaagtat/Endothelial-mitochondria


reaction without SuperScript IV. Relative expression was
calculated as 2−ΔCt Ct gene of interest–Ct RPL32 . The following
primer pairs were used: MT-ND2: 5′-TCATAGCAGGC
AGTTGAGGTG-3′/5′-CGTGGTGCTGGAGTTTAAGTT
G-3′, MT-CYB: 5′-CATCGGCATTATCCTCCTGCT-3′/5′
-ATCGTGTGAGGGTGGGACTG-3′, MT-CO3: 5′-AGGC
ATCACCCCGCTAAATC-3′/5′-ACTCTGAGGCTTGTAG
GAGG-3′, MT-RNR1: 5′-CAAAACTGCTCGCCAGAAC
AC-3′/5′-GAGCAAGAGGTGGTGAGGTTG-3′, unpro-
cessed mtRNA precursor transcripts: 5′-CGGACTACAAC
CACGACCAA-3′/5′-CCAAGGAGTGAGCCGAAGTT-3′
(region 1) and 5′-AGAGGCCTAACCCCTGTCTT-3′/5′-
TGCCTAGGACTCCAGCTCAT-3′ (region 2), TFAM: 5′-
GATTCACCGCAGGAAAAGCTG-3′/5′-GTGCGACGTAG
AAGATCCTTTC-3′, TFB1M: 5′-AGTGGCAGAGAGAC
TTGCAG-3′/5′-TTCCACCAGCTTGAATGGCT-3′, TFB2
M: 5′-GCTGGAAAACCCAAAGCGTA-3′/5′-GTCTATTA
CAGTGGCGCTGC-3′, and RPL32: 5′-GTGAAGCCCAA
GATCGTCAA-3′/5′-TTGTTGCACATCAGCAGCAC-3′.

2.5. Determination of Mitochondrial DNA (mtDNA) Content.
Total DNA was isolated using the QIAamp DNA Mini Kit
(Qiagen, Hilden, Germany). DNA concentrations were mea-
sured using a NanoDrop 2000c (Thermo Fisher Scientific,
Schwerte, Germany). Relative mtDNA levels were deter-
mined by semiquantitative real-time PCR using the single
copy nuclear nucleoredoxin (NXN) gene as reference. PCR
reactions were done in a Rotor-Gene Q instrument (Qiagen,
Hilden, Germany) using the SYBR Green qPCR Mastermix
(Bimake, Munich, Germany) with the primer pairs listed
below. Relative mtDNA content was calculated as
2−ΔCt CtmtDNA–CtNXN . The following primer pairs were used:
D-loop: 5′-AGCCACTTTCCACACAGACATCAT-3′/5′
-ATCTGGTTAGGCTGGTGTTAGGGT-3′ and NXN: 5′
-CCACTCTTGTGTTCTCAGGCAGG-3′/5′-CGTGGG
AGCTGTTTGTATGATATGAACC-3′.

2.6. Immunoblotting. Cells were lysed with JNK buffer
(10mM Tris-HCl, pH 7.5,150mM NaCl, 2.5mM KCl, 0.5%
(v/v) Triton X-100, 0.5% (v/v) IGEPAL CA-630), and pro-
teins were separated by SDS-PAGE followed by immuno-
blotting using primary antibodies against NOS3 (1 : 500,
BD, Heidelberg, Germany) and ERK 1/2 (1 : 2000, Cell Sig-
naling Technology, Frankfurt, Germany). All antibodies were
diluted in 1% nonfat dry milk. Primary antibodies were incu-
bated overnight at 4°C followed by HRP-coupled secondary
antibodies for 2 h at room temperature. For protein detec-
tion, the Pierce™ ECL Western Blotting Substrate (Thermo
Fisher Scientific, Schwerte, Germany) was used. Semiquanti-
tative analysis from scanned blots was performed by using
ImageJ 1.46r [20].

2.7. Cell Migration Assay. Cell migration assay was per-
formed as described previously [9]. Wound closure was
determined by setting a small wound and measuring wound
width directly afterwards and 2h later. Pictures were

acquired with the Axiovert 200M fluorescent microscope
from Carl Zeiss (Jena, Germany).

2.8. ATP Assay. Cells were lysed with JNK buffer, and ATP
was measured in total lysates as described previously [9].

2.9. Mitochondrial Mass. Cells were treated with nonyl acri-
dine orange and measured by flow cytometry as previously
described [21].

2.10. Statistics. Data were analyzed using unpaired Student’s
t-tests. Differences in gene expression across samples were
calculated using the Wald test of the R package DESeq2.
p values were adjusted to the number of Wald tests following
the Benjamini-Hochberg procedure [18]. Adjusted p values
lower than 0.05 were considered significant.

3. Results

3.1. High LDL Induces Loss of NOS3 Protein and Overall
NOS3 mRNA Levels Accompanied by Shifting Alternative
Splice Site Use towards Inactive NOS3 Transcript Isoforms.
High LDL importantly contributes to the development and
progression of cardiovascular diseases. However, the under-
lying molecular mechanisms how high LDL influences endo-
thelial cell functionality are as yet poorly understood. In
particular, detailed transcriptome analyses including the
mitochondrial transcripts have not been addressed before.
Therefore, we performed RNA deep sequencing of human
primary endothelial cells after 7 days of treatment with high
LDL. Prior to RNA sequencing, however, we validated that
also in the current experimental setting, treatment with high
LDL led to a reduction in NOS3 protein levels as described
previously by us [2] (Figures 1(a) and 1(b)).

RNA sequencing data showed that the observed decrease
in the NOS3 protein levels was accompanied by a decrease in
the total amount of NOS3 mRNA reads. In particular,
differential gene expression analysis indicated a significant
decrease in the NOS3 RNA levels in high LDL-treated cells
compared to the healthy control with an adjusted p value of
0.06. However, this analysis did not discriminate functional
NOS3 mRNA transcripts from nonfunctional NOS3 tran-
scripts generated by alternative splicing. Therefore, we
focused on splice site usage within the NOS3 locus, allowing
a more detailed view on protein coding and noncoding tran-
script isoforms. Indeed, splice site usage analysis showed a
reduction in gene normalized splice site usage (GNSSR) for
those sites involved in the generation of functional NOS3
mRNA transcripts but an increase in the GNSSR contrib-
uting to nonfunctional transcript isoforms (Figure 2 and
Table 1).

In this analysis, all exon-exon junctions showing a signif-
icant decrease in the relative coverage upon LDL treatment
were located upstream of exon 18. In contrast, a significant
increase was found in the junctions downstream of exon 18
(Table 1). This reciprocal regulation cannot simply be
explained with the full-length transcript but might rather be
indicative of aberrant transcription from internal promoters
generating transcripts not producing functional NOS3 pro-
tein. In both regions, the junctions indicative of alternative
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splicing from exon 14 into exons 14A/B/C or resulting in
skipping of exon 21 represented only a small fraction of the
reads. Thus, in addition to the overall decrease in NOS3
reads, the ratio of gapped reads (exon-exon junction reads)
assigned to functional and nonfunctional transcript isoforms
is altered towards the latter, which provides an adequate
explanation for the reduction of functional NOS3 protein.
In agreement with previous observations [22], these results
additionally demonstrate that splice site usage can be influ-
enced by high LDL. Differences in the extent of splice site
usage between healthy and unhealthy conditions are likely
to originate from differential gene expression of genes coding
for splicing regulatory proteins (Suppl. Table 1), which
mediate splice site usage and consequently RNA transcript
isoform levels.

3.2. High LDL Reduces Migratory Capacity, Expression of
Genes Associated with Cell Migration, and ATP Content. A
reduction in the functional NOS3 levels due to an unhealthy
treatment leads to a decrease in the NO levels. Since endothe-
lial cell migration is NO-dependent [23–25], we next investi-
gated endothelial cell migration under high LDL conditions.
Endothelial cells treated with high LDL were severely
impaired to close a wound (Figure 3).

To address the question whether the expression of
genes known to be associated with cell migration capacity
could substantiate our finding, we performed differential
gene expression analysis. Indeed, the expression of the cell
cycle controlling protein CDC42, which is involved in cell
migration was reduced by 35% in cells under high LDL
conditions (p < 0 05). Another factor associated with cell

migration, AKT1, was also significantly lower expressed
by 17% in high LDL-treated cells (p < 0 05). Furthermore,
in RNA samples of cells incubated for one week with high
LDL, Rho family GTPases RND1 and RND3, but not
RND2, showed a decrease in their expression by 55%
(p < 0 05) and 39% (p < 0 05), respectively. RND1/2/3 are
known to play a role in cell migration [26]. The reduction
in CDC42, AKT1, and RND-transcript levels indicated a
negative effect of high LDL on the expression of genes,
associated with migration of human endothelial cells.
Thus, besides the high LDL mediated decrease in the
NO levels, also genes associated with cell migration were
significantly decreased in their expression providing a
plausible explanation for the observed reduced migratory
capacity. Since we have previously demonstrated that the
migration of primary human endothelial cells depends on
intact mitochondria [7, 9], we next determined the ATP
content in those cells. Indeed, the ATP levels in cells
treated with high LDL were significantly reduced
(Figure 4).

The dependence of migratory capacity on the ATP con-
tent was further confirmed by treatment of endothelial cells
with oligomycin—a specific inhibitor of the mitochondrial
ATP synthase. Both migratory capacity and ATP content
were decreased by approximately 60% (Suppl. Figure 1).
The latter finding underscores that the mitochondria are
one of the main energy sources in endothelial cells.

3.3. Effects of High LDL on Mitochondrial DNA and RNA
Levels as well as onMitochondrial Mass.As we found reduced
migratory capacity as well as lower ATP content in primary
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Figure 1: High LDL decreases NOS3 protein levels. Human primary endothelial cells were cultured in the standard medium (con) or medium
containing 1mg/ml LDL (high LDL) for 7 days. Full-length NOS3 protein was detected by immunoblot; ERK1/2 served as a loading control.
(a) Representative immunoblots. (b) Semiquantitative analysis. Data are mean ± SEM; n = 7; p < 0 05 vs. con.
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human endothelial cells upon treatment with high LDL, we
next investigated the effects of high LDL on mitochondrial
DNA and RNA levels, as well as on mitochondrial mass.
Therefore, we first performed an alignment of the sequencing

data to the human reference genome. In control samples
(con), around 95.5% of the total reads could be mapped
to the nuclear and 4.5% to the mitochondrial genome
(Table 2). However, in high LDL-treated cells, around
11.2% of the reads could be mapped to mitochondrial tran-
scripts. Thus, high LDL led to a significant, more than two-
fold increase in the mitochondrial RNA (mtRNA) levels.

The upregulation of mtRNAs upon high LDL treatment
raised the question as to whether this is paralleled by an
elevation in mitochondrial DNA (mtDNA) content. Corre-
sponding to the increase in mtRNA content, high LDL-
treated cells showed a significantly higher mtDNA content
(Figure 5).

The increase in mtRNAs and mtDNA could be indica-
tive of a higher number in mitochondria. Therefore, we
determined the expression of genes coding for the translo-
cases of outer (TOMMs) and inner (TIMMs) mitochon-
drial membrane proteins as surrogate markers. Those
transcripts, however, were either not regulated or expressed
at lower levels upon high LDL treatment. Corresponding to
the non- or downregulated mRNA transcript levels, analy-
sis of the TIMM23 protein levels as a marker for mitochon-
dria showed no significant difference between the two
conditions (data not shown). Thus, an increase in overall

Table 1: Relative NOS3 exon-exon junction expression.
Comparison of relative expression of all exon-exon junctions from
exon 1 to exon 18 (1 : 18), exon 18 to exon 27 (18 : 27), and exon-
exon junctions indicative of alternative splicing from exon 14 onto
exons 14A/B/C (14-14x) or skipping exon 21 (20-22). The exon-
exon junction coverage was normalized per sample to the number
of gapped reads within the sample and to gene expression; the p
value was calculated with Student’s t-test. Exon-exon junctions
indicative of skipping exon 20 or exon 20 and 21 simultaneously
were not detectable.

Exon-exon junction
Average normalized

expression p value
con High LDL

1 : 18 3,740 3,153 0.00

18:27 3,949 4,876 0.02

14-14x 0.009 0.010 0.83

20-22 0.002 0.024 0.16
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Figure 2: NOS3 transcript isoforms. Depicted at the top is the NOS3 protein (NOS3 protein) with its functional domains (OXY: oxygenase
domain; CaM: calmodulin-binding site; FMN: FMN recognition site; AE: autoinhibitory element; FAD: FAD recognition site; NADPH:
NADPH recognition site). The corresponding full-length transcript (NOS3 fl mRNA) annotated in Ensembl (v.93) with numbered exons
is shown in the green dotted box. The coding region (wide boxes) extends from exon 2 into exon 27. Nonfunctional transcripts, i.e.,
transcripts not coding for functional NOS3, are shown in the red box below. Skipping of exon 20 (NOS3 Δ20), 21 (NOS3 Δ21), or both
(NOS3 Δ20/21) leads to nonfunctional proteins due to frame shifts (dotted boxes) [31]. The variants NOS3 14A/B/C (previously described
as NOS3 13A/B/C [32]) originate from splicing events from exon 14 into exons located in the intron of the full-length NOS3 transcript
(black boxes). These transcripts terminate in a common polyadenylation signal and encode C-terminally truncated proteins only
containing the OXY and CaM domains. The transcript starting at exon 18 (NOS3 E18-23A) lacks the 5′-portion and shows a similar
splicing phenomenon as NOS3 14A/B/C at its 3′-end. Thus, it codes for an N- and C-terminally truncated protein.
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mitochondrial number induced by high LDL treatment was
rather unlikely. We substantiated this by measuring mito-
chondrial mass using nonyl acridine orange. As shown in
Figure 6, high LDL treatment did not result in a change
in mitochondrial mass.

As the mtDNA content was increased upon high LDL
without a concomitant change in mitochondrial mass, we
next investigated the expression of protein coding mtRNA
transcripts and mitochondrial ribosomal RNAs. Therefore,
the RNA sequencing data were again analyzed for this spe-
cific subset of transcripts. High LDL-treated cells displayed
an increase in the expression of these mitochondrial tran-
scripts (Table 3).

To validate our RNA sequencing data, the transcript
levels of mitochondrially encoded NADH:ubiquinone oxido-
reductase core subunit 2 (MT-ND2), cytochrome B (MT-
CYB), cytochrome C oxidase III (MT-CO3), and the mito-
chondrial 12S RNA (MT-RNR1) were analyzed by real-
time PCR. The first three are subunits of electron transport
chain complexes I, III, and IV, respectively. All of the chosen
transcripts were significantly increased after treatment with
high LDL (Figure 7).

Since the mtRNAs were upregulated, we next investi-
gated whether the nuclear-encoded transcription factors,
which are known to be mainly responsible for the tran-
scription of mtDNA, are regulated by high LDL. Expres-
sion analysis of the transcripts coding for mitochondrial
transcription factor A (TFAM), B1 (TFB1M), and B2
(TFB2M) by real-time PCR, however, did not indicate
any significant differences (Figure 8), suggesting that the
increase in the mtRNA levels is also not related to an
increase in transcription.
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Figure 3: High LDL decreases migratory capacity of endothelial cells. Human primary endothelial cells were cultured in standard medium
(con) or medium containing 1mg/ml LDL (high LDL) for 5 days. A wound was set, and wound width was determined directly afterwards
(0 h) and two hours later (2 h). (a) Representative microscopic pictures. (b) Wound closure relative to the 0 h time point. Data are mean ±
SEM; n = 4; p < 0 05 vs. con.
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Figure 4: High LDL treatment significantly reduces ATP content in
endothelial cells. Human primary endothelial cells were cultured in
standard medium (con) or medium containing 1mg/ml LDL (high
LDL) for 5 days, and ATP content was measured. Data are mean
± SEM; n = 4; p < 0 05 vs. con.
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After transcription, the mtRNA precursor transcripts are
cleaved by RNase P and RNase Z at the 5′- and 3′ end,
respectively, leading to mature mt-mRNA, mt-rRNA, and
mt-tRNA transcripts within the mitochondrial matrix. To
exclude that high LDL treatment did not impair processing
of the precursor mtRNA transcripts, the actual amount of
precursor mtRNA transcripts was estimated by counting
reads whose alignment covered the border of two neighbor-
ing mtRNA transcripts, which get separated after processing
by the RNases. Taking the border coordinates of every

mtRNA transcript from the human reference genome
GRCh38/hg38 (Ensembl version 91), a combination of every
transcript border coordinate of neighboring elements of the
mitochondrial genome was generated. For every pair, reads
were subsequently counted, which simultaneously covered
the downstream end of one transcript and the upstream
end of the transcript downstream to it, with a minimal over-
lap of six nucleotides. For comparison across sample groups,
the coverage per border pair was normalized to the total
number of ungapped reads in a given sample and the relative
amount of ungapped reads mapped to the mitochondrial ref-
erence sequence. The average border coverage within a sam-
ple was then used as an approximation for the relative
amount of mtRNA precursor transcripts. Comparing tran-
script border coverages did not reveal significant differences
in mtRNA precursor transcripts (data not shown). For vali-
dation, we performed RT PCRs across borders of mature
transcripts, thereby detecting the unprocessed precursors.
These experiments corroborated the bioinformatic analyses
(Figure 9).

Although some proteins of the respiratory chain are
encoded on the mitochondrial DNA, most of them are
derived from nuclear genes. Undisturbed interplay of mito-
chondrial and nuclear-encoded proteins ensures efficient
respiratory chain complex formation and consequently
ATP synthesis [27]. Since treatment with high LDL led to
an increase in the expression of mitochondrial encoded pro-
teins, we also analyzed differential expression of nuclear
genes for respiratory chain proteins (Suppl. Table 2).

Table 2: Percentage of read numbers representing nuclear and
mitochondrial transcripts. Shown are total read numbers for all
individual biological replicates, i.e., RNAs isolated from human
primary endothelial cells cultured in standard medium (con_1-4)
or medium containing 1mg/ml LDL (high_LDL-1-4) and the
percentage of reads, which could be mapped to the nuclear or
mitochondrial reference genome.

Sample Nuclear (%) Mitochondrial (%) Total # of reads

con_1 96.0 4.0 325,725,044

con_2 95.8 4.2 319,428,178

con_3 93.9 6.1 335,842,395

con_4 96.3 3.7 325,882,327

high_LDL_1 88.9 11.0 328,183,964

high_LDL_2 88.1 11.9 327,355,990

high_LDL_3 89.0 11.0 331,832,849

high_LDL_4 89.0 11.0 331,650,314
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Figure 5: High LDL increases mtDNA content. Human primary
endothelial cells were cultured in standard medium (con) or
medium containing 1mg/ml LDL (high LDL) for 7 days. Total
DNA was isolated, and mtDNA content was measured by
semiquantitative real-time PCR using NXN as nuclear reference
gene. Data are mean ± SEM; n = 6; p < 0 05 vs. con.
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Figure 6: Mitochondrial mass is not altered by high LDL treatment.
Human primary endothelial cells were cultured in standard medium
(con) or medium containing 1mg/ml LDL (high LDL) for 7 days.
Then, cells were incubated with nonyl acridine orange and
analyzed by flow cytometry. Data are mean ± SEM; n = 4; n.s. =
not significant.
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In contrast to the overall increased mitochondrial
transcript levels following high LDL treatment, dif-
ferential gene expression analysis for 81 nuclear genes
encoding proteins of the respiratory chain revealed that
32% of them were significantly downregulated and only
4% upregulated.

The increase in mitochondrial gene expression and
decrease in one third of nuclear genes for respiratory
chain proteins could, therefore, restrict efficiency of ATP
production due to an imbalance in respiratory chain sub-
units preventing proper assembly. Thus, one could assume
that the reduced ATP content seen in Figure 4 is caused
by dysfunctional or not correctly assembled respiratory
chain complexes.

4. Discussion

The major findings of our study are that treatment of
human primary endothelial cells with 1mg/ml LDL for
seven days decreases the NOS3 protein levels, increases
inactive NOS3 splice variants, and reduces mitochondrial
functionality in endothelial cells, which results in dramat-
ically reduced migratory capacity and thus, endothelial cell
impairment.

A functional endothelial cell layer is important, since it
not only regulates vascular tone but as a barrier also regulates
the nutrition uptake of the surrounding tissue and protects
against pathogens. Endothelial cells are in direct contact with
the bloodstream and consequently the first cells affected by
LDL. Here, we demonstrate that treatment of endothelial

cells with high LDL leads to decreased levels of functional
NOS3 protein and mRNA levels. Additionally, RNA
sequencing analyses revealed an increase in inactive NOS3
splice variants. This is accompanied by an increase in the
expression of all mitochondrially encoded transcripts. How-
ever, there was no increase in total mitochondria number,
as shown at the RNA level as well as at the protein level.
It was previously described that NOS3-deficient mice
showed a dysfunctional mitochondrial β-oxidation [28].
This could lead to an increase in reactive oxygen species
(ROS) formation and therefore oxidative stress within the
cell. The peroxisome proliferator-activated receptor γ
(PPARG), which is known to regulate the redox balance,
fatty acid oxidation, and mtDNA levels, could therefore
be one reason for the high mtDNA levels. Its activation
upon oxidative stress could potentially lead to the activa-
tion of genes holding a PPAR response element (PPRE)
in their promoter resulting in an increase in mtDNA copies
[29]. Our RNA sequencing data revealed that cells with low
levels of functional NOS3 protein showed an increase in
PPARG expression by 110%. The increase in mtRNA tran-
scripts upon high LDL is also in line with findings in mice,
which were fed a high-fat, high-sucrose diet for 6 weeks
[30] and showed an upregulation of several genes impor-
tant for mitochondrial biogenesis.

We previously demonstrated that those concentra-
tions of LDL resulted in endothelial cell senescence
and increased ROS formation. Thus, we hypothesize that
cells try to compensate the increased cellular stress,
caused by those unhealthy conditions, by upregulating

Table 3: Differential gene expression of mitochondrial transcripts after high LDL treatment. Comparison of the expression of mitochondrial
protein coding genes and ribosomal RNAs between untreated cells and cells treated with high LDL. The L2FC (log 2-fold change) states
the average difference in gene expression between both treatments. Positive L2FC values denote upregulation by high LDL; negative values
denote downregulation. AWald test fromDESeq2 was used to calculate the significance of the change in the expression. The adjusted p values
take the number of tested genes into account.

Gene name Ensembl gene ID L2FC p value Adjusted p value

MT-RNR1 ENSG00000211459 1.86 1 46E − 40 2 01E − 38
MT-RNR2 ENSG00000210082 1.52 1 66E − 30 1 41E − 28
MT-ND6 ENSG00000198695 1.67 2 98E − 24 1 68E − 22
MT-ND1 ENSG00000198888 1.34 3 02E − 23 1 58E − 21
MT-ND4 ENSG00000198886 1.29 9 81E − 22 4 50E − 20
MT-ND3 ENSG00000198840 1.33 1 48E − 20 6 17E − 19
MT-CO1 ENSG00000198804 1.34 3 43E − 20 1 38E − 18
MT-CO2 ENSG00000198712 1.19 4 09E − 18 1 36E − 16
MT-ATP6 ENSG00000198899 1.00 2 94E − 14 6 34E − 13
MT-CYB ENSG00000198727 1.01 9 95E − 13 1 76E − 11
MT-ND2 ENSG00000198763 0.90 1 46E − 11 2 18E − 10
MT-CO3 ENSG00000198938 0.87 2 24E − 10 2 77E − 09
MT-ND4L ENSG00000212907 1.04 4 25E − 10 5 01E − 09
MT-ND5 ENSG00000198786 1.40 2 67E − 08 2 31E − 07
MT-ATP8 ENSG00000228253 0.82 7 33E − 08 5 85E − 07
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the expression profile of mitochondrial genes, like MT-
ND2 and MT-CO3. Mitochondrial encoded genes are all
part of the respiratory chain complexes. Thus, the cells
try to cope for energy to handle the unfavorable situation.
However, the majority of proteins needed for functional
complex formation within the respiratory chain are
encoded in the nuclear genome. Our data demonstrate,

however, that most of those nuclear-encoded genes are
downregulated upon high LDL treatment. Thus, an imbal-
ance in proteins needed for the respiratory chain com-
plexes seems plausible. This in turn would disturb
efficient complex formation, resulting in reduced ATP pro-
duction, which subsequently impairs ATP-dependent pro-
cesses like endothelial cell migration as we show here.
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Figure 7: Transcript levels of mitochondrial genes are increased after treatment with high LDL for 7 days. Human primary endothelial cells
were cultured in standard medium (con) or medium containing 1mg/ml LDL (high LDL) for 7 days. Semiquantitative real-time PCRs were
performed for MT-ND2 (a), MT-CYB (b), MT-CO3 (c), and MT-RNR1 (d) using RPL32 as reference. Data are mean ± SEM; n = 4;
p < 0 05 vs. con.
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5. Conclusions

We demonstrate that high LDL concentrations lead to
low NOS3 levels in primary human endothelial cells,
which is paralleled by mitochondrial dysfunction. We
found an increase in mtDNA copy number and mtRNA
levels as a potential compensatory mechanism for an
unfavorable situation. However, due to an expression
imbalance between nuclear and mitochondrial encoded
proteins of the respiratory chain, complex formation is

most likely impaired resulting in a drastic reduction in
ATP levels. Consequently, the migratory capacity of the
endothelial cells is reduced, which would negatively affect
several cardiovascular diseases.

Data Availability

The RNA sequencing data used to support the findings of
this study have been deposited at ArrayExpress under
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Figure 8: Transcript levels of nuclear-encoded transcription factors of mtDNA transcription are not regulated by high LDL treatment.
Human primary endothelial cells were cultured in standard medium (con) or medium containing 1mg/ml LDL (high LDL) for 7 days.
Semiquantitative real-time PCRs were performed for TFAM (a), TFB1M (b), and TFB2M (c) using RPL32 as reference. Data are mean ±
SEM; n = 4; n.s. = not significant.
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Chronic intrauterine hypoxia is a programming stimulus of cardiovascular dysfunction. While the fetal heart adapts to the
reduced oxygenation, the offspring heart becomes vulnerable to subsequent metabolic challenges as an adult. Cardiac
mitochondria are key organelles responsible for an efficient energy supply but are subject to damage under hypoxic conditions.
We propose that intrauterine hypoxia alters mitochondrial function as an underlying programming mechanism of contractile
dysfunction in the offspring. Indices of mitochondrial function such as mitochondrial DNA content, Complex (C) I-V
expression, and CI/CIV enzyme activity were measured in hearts of male and female offspring at 90 days old exposed to
prenatal hypoxia (10.5% O2) for 14 d prior to term (65 d). Both left ventricular tissue and cardiomyocytes exhibited decreased
mitochondrial DNA content, expression of CIV, and CI/CIV activity in male hearts. In female cardiomyocytes, hypoxia had no
effect on protein expression of CI-CV nor on CI/CIV activity. This study suggests that chronic intrauterine hypoxia alters the
intrinsic properties of select respiratory complexes as a programming mechanism of cardiac dysfunction in the offspring. Sex
differences in mitochondrial function may underlie the increased vulnerability of age-matched males compared to females in
cardiovascular disease and heart failure.

1. Introduction

In adult hearts, the mitochondria play an important role in
contractile function in generating 90% of ATP via oxidative
phosphorylation [1, 2]. Since the heart has a relatively low
ATP content and a high energy demand [1], the generation
and delivery of the energy supply to the myofibrils must be
highly efficient. In contrast to the adult, the early fetal heart
relies predominantly on glycolysis for its energy supply
because (1) glucose is a major energy substrate, (2) the glyco-
lytic enzymes are upregulated via hypoxia signaling [3], and
(3) oxidative phosphorylation is inefficient, resulting from a
less organized ultrastructure within the mitochondria and

in association with the myofibrils [4, 5]. However, despite
the reliance on glycolysis as a metabolic pathway, oxidative
capacity of the fetal heart is still important as the heart
undergoes a metabolic switch to oxidative phosphorylation
in preparation to and following birth [3, 6–11]. Thus, intra-
uterine stressors that alter the normal fetal heart growth pat-
tern and cellular organization may alter the maturational
progress of fetal cardiac metabolism by disrupting both myo-
fibrillar development and mitochondrial function.

The adult heart relies predominantly on the TCA cycle
and β-oxidation to provide NADH and FADH2 to the elec-
tron transport chain for oxidative phosphorylation. Under
normal conditions, electrons are transported from CI to
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CIV, where O2 is reduced to H2O, and a H+ gradient is gen-
erated by CI, CIII, and CIV, which is the driving force for
ATP synthase activity [1]. The efficiency of ATP generation
is dependent on the efficiency of electron flux along the respi-
ratory chain and O2 reduction by cytochrome c oxidase
within the inner mitochondrial membrane. Altered expres-
sion of mitochondrial protein and altered respiratory com-
plex activity can result in reduced electron flux, excess
electron accumulation, and generation of superoxide anions
from CI, CIII, and TCA cycle dehydrogenase enzymes sensi-
tive to the NADH/NAD+ ratio [12, 13]. These events lead to
reduced ATP synthesis [1]. In both animal and human stud-
ies, altered cardiac mitochondrial protein expression and
activity are associated with heart dysfunction and failure,
contributing to cardiovascular disease [14–19].

Now, decades of research have established the negative
impact of intrauterine stress on fetal growth and develop-
ment and its lasting consequences of increased risk of adult
cardiovascular disease [20, 21]. Early epidemiological studies
have provided insight into cardiovascular programming,
showing that intrauterine growth restriction of the fetus
increases the risk of hypertension, coronary artery disease,
and heart dysfunction [17, 20–25]. Animal models of gesta-
tional hypoxia [26–28] have been generated to investigate
the underlying mechanisms of cardiovascular programming
of the offspring. Intrauterine hypoxia is one of the most
important obstetric complications that reduce fetal growth,
which increases the risk of cardiovascular disease in the adult
[20–25]. Animal models have shown that gestational hypoxia
increases the risk of ischemia/reperfusion injury of adult rat
hearts [26, 29–33], hypertension and cardiac dysfunction
[34] and altered cardiomyocyte endowment of adult guinea
pigs [35], and altered systemic vascular resistance in adult
rats [33]. Thus, the impact of intrauterine stress such as pre-
natal hypoxia increases the vulnerability of the offspring to a
lifetime of cardiovascular disease [20, 21].

Mitochondria are highly susceptible to hypoxia, which
leads to respiratory chain dysfunction [36, 37]. We previ-
ously reported a decrease in cardiac CIV mRNA/protein
expression and CIV activity of left ventricles along with a
decrease in oxygen consumption rates of freshly isolated car-
diac cells from hearts of male offspring guinea pigs following
exposure to prenatal hypoxia [38]. This study demonstrated
that prenatal hypoxia decreases cardiac performance of adult
offspring guinea pigs, which was also accompanied by
decreased cardiac CIV activity and respiratory function [34].

The goal of the current study was to more fully charac-
terize the programming effects of prenatal hypoxia on car-
diac mitochondria of adult guinea pig hearts in an animal
model that exhibits sex-related differences in contractile dys-
function in the adult offspring [34]. Mitochondrial indices
such as mitochondrial DNA content, CI-V protein expres-
sion, and CI and CIV activity were measured in both the left
ventricle of the heart and in cardiomyocytes isolated from
hearts of male and female adult guinea pigs. We propose
that mitochondrial programming of cardiomyocytes of fetal
hearts is initiated in utero by prenatal hypoxia as an under-
lying cause of mitochondrial and contractile dysfunction in
the adult.

2. Methods

All animal procedures were approved by the University of
Maryland Institutional Animal Care and Use Committee in
accordance with the Association for Assessment and Accred-
itation of Laboratory Animal Care—accredited procedures
(Animal Welfare Assurance No. A3200-01).

2.1. Animal Model. Pregnant guinea pigs were generated by
mating multiple females with one male following the pres-
ence of an open vaginal membrane. Females were kept with
males for a maximum of 48 hours or until the presence of
vaginal membrane closure. Gestational age was estimated
by palpation [39] and then confirmed at the time of delivery.
Pregnant guinea pigs were exposed to either normoxia (room
air, 21% O2) for the entire gestation or hypoxia (HPX, 10.5%
O2, duration of 14 d) at 50 d gestation until delivery
(term = 65 d). Pups were vaginally delivered and removed
from the HPX chamber upon birth, and both male and
female offspring were raised in a NMX environment. Ani-
mals were weighed at birth and weaned at 30 d old, and body
weight and food and water intake rates were measured in 3 d
intervals until 90 d old, when tissues were obtained. To
remove the heart, guinea pig offspring were anesthetized with
ketamine (80 mg/kg, s.c.) and xylazine (10 mg/kg, s.c.), and a
thoracotomy was performed following an abdominal skin
injection of lidocaine (1%). Hearts were excised and weighed
and either dissected into left and right ventricles and frozen
in liquid N2 or mounted onto a perfusion apparatus for col-
lection of cardiomyocytes.

2.2. Cardiomyocyte Isolation. To obtain cardiac cells, hearts
were excised from male and female offspring, immediately
placed in iced physiological buffer solution (PBS), and
mounted via the aorta onto a glass cannula of a Langendorff
heart perfusion apparatus [34]. Using a modified procedure
for isolating fetal sheep cardiac cells [40], hearts were
retrograde-perfused at 37°C with a low Ca2+ (no Ca2+ added)
Tyrode’s solution (composition (in mM): 140 NaCl, 5 KCl,
10 HEPES, 10 glucose, and 1 MgCl2, pH 7.35) without
enzymes for 5 minutes, followed by Tyrode’s solution con-
taining enzymes (collagenase (80 U/ml), protease (0.59
U/ml), and albumin (1 mg/ml)) for 12 min. This was
followed by perfusion with Kraft-Bruhe (KB) buffer (compo-
sition (mM): 30 KCl, 10 HEPES, 10 glucose, 74 potassium
glutamate, 20 taurine, 1.5 MgSO4·7H2O, 0.5 EGTA, and 30
KH2PO4, pH 7.37) for 5 minutes to wash out the enzymes.
Hearts were removed from the apparatus and placed in a bea-
ker containing warmed KB buffer for gentle mincing to
release cells from the heart. Cells were filtered through a
150 μm nylon mesh and transferred to a 15 ml centrifuge
tube. Cells then were washed two times with KB buffer by
centrifugation (200-250 g, 10 minutes), resuspended in 5 ml
DMEM (Life Technologies, #12320-032), and pelleted by
centrifugation at 1,200 g for 10 minutes. The final cell pellet
was frozen in liquid N2 until assayed.

2.3. Mitochondrial Isolation. Mitochondrial proteins of left
ventricular heart tissue and of cardiomyocytes were obtained
from separate groups of 90 d old prenatally NMX or HPX
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guinea pigs. For assays of CI-VWestern immunoblotting and
CI and CIV activity assays, the mitochondrial fraction was
isolated using a standard differential centrifugation protocol
[41, 42]. Briefly, the frozen heart tissues (20-30 mg) were
ground to a fine powder in liquid N2, and the frozen cardio-
myocytes from separate animals were washed with 9 volumes
of ice-cold PBS. Both were then separately resuspended in 1
ml of ice-cold Homogenization Buffer (0.25 M sucrose, 5
mM HEPES, and 1 mM EDTA, pH 7.2) and homogenized
for 10 minutes at 4°C. Samples were centrifuged twice at
600 g for 10 minutes at 4°C to remove cellular debris. The
supernatant was recentrifuged at 12,500 g for 10 min to gen-
erate an enriched mitochondrial fraction. The pellet contain-
ing the mitochondrial fraction was resuspended in 1x RIPA
Lysis buffer supplemented with a protease inhibitor (Bio-
Rad, Hercules, CA) for Western Blot or was solubilized with
0.1 mMN-Dodecyl β-D-maltoside (Sigma-Aldrich, St. Louis,
MO) for complex activity assays. Total protein concentration
of each sample was determined by the Bio-Rad Protein Assay
(Bio-Rad).

2.4. Quantitative Real-Time PCR (qRT-PCR) of
Mitochondrial DNA.Mitochondrial DNA (mtDNA) content
was measured as an index of mitochondrial density. Total
genomic DNA was isolated using the QIAamp DNA Mini
Kit (Qiagen, Hilden, Germany) according to the manufac-
turer’s instructions from left ventricular heart tissue prena-
tally exposed to NMX or HPX of 90 d old guinea pigs.
DNA concentration was determined by NanoDrop (Thermo
Fisher Scientific, Waltham, MA). Relative quantification of
mtDNA content for each group was determined by qRT-
PCR using primers for a mitochondrial gene (mt-ND1,
forward 5 ′- CTAAAAACCCTTGCGCTCAC -3 ′; reverse
5 ′-TGGGAAGGGAAATGTGTCAT -3 ′) and a nuclear
gene (β-actin, forward 5 ′-ACTCTCCACCTTCCAGCAG
A -3 ′; reverse 5 ′-AAAGCCATGCCAATCTCATC-3 ′).
qPCR was performed with a two-step cycling program by
using the SYBR Green ROX™ qPCR Mastermix (Qiagen)
and read on the QuantStudio 3 Real-time PCR System
(Thermo Fisher). Gene expression was quantified by using
the 2-ΔΔCt method [43].

2.5. Blue Native Gel Electrophoresis and Western
Blot Analysis

2.5.1. Blue Native Gel Electrophoresis. Blue Native one-
dimensional electrophoresis was performed for identification
of whole respiratory complexes in isolated mitochondrial
fractions of left ventricles of NMX and HPX offspring hearts.
Isolated mitochondrial membrane fractions were isolated as
previously described. The pellet was solubilized with 0.1 mM
N-Dodecyl β-D-maltoside (Sigma-Aldrich, St. Louis, MO)
similar to that for activity assays. To separate the respiratory
chain complexes, 30 μg of mitochondrial protein was loaded
onto a high-resolution Clear Native PAGE of 3-12% Bis-Tris
gradient gel (Thermo Fisher Scientific). The gel was stained
with Coomassie dye and destained according to standard
methods. The bands of individual complexes were visualized
by the ChemiDoc Touch Imaging System (Bio-Rad).

2.5.2. Western Blot Analysis. Protein expression of mitochon-
drial respiratory Complexes I-V was measured by Western
immunoblot. Mitochondrial protein fractions obtained from
left ventricular heart tissues and cardiomyocytes from sepa-
rate groups of prenatally NMX and HPX 90 d old offspring
were run on separate gels. Mitochondrial proteins (4 μg)
were separated on 4-15% precast gradient gels (Bio-Rad)
and then transferred to PVDF membranes. The membranes
were blocked with 5% nonfat milk in TBST for 2 hrs, incu-
bated overnight at 4°C with primary antibody diluted in 5%
nonfat milk in TBST, and then detected using an appropriate
peroxidase-conjugated secondary antibody. Protein bands
were targeted with an antibody cocktail (1 : 500) containing
antibodies for complex subunits (I: NDUFB8, 20 kDa MW;
II: SDHB, 30 kDa MW; III: UQCRC2 48 kDa MW; IV:
MITCO1, 40 kDa MW; and V: ATP5a, 55 kDa MW)
(Abcam, Cambridge, MA) and polyclonal anti-VDAC (volt-
age-dependent anion channel) antibody (1 : 2,000, Boster
Biological Technology Co., Pleasanton, CA) and visualized
by the ChemiDoc Touch Imaging System (Bio-Rad). Band
densities were quantified by the Bio-Rad Image Lab System
and normalized to the loading control, VDAC, to confirm
equal loading.

2.6. Complex I and IV Activity Assays. Complex I and IV
enzyme activity rates were measured using mitochondrial
protein fractions of left ventricular heart tissue and cardio-
myocytes isolated from hearts of separate groups of 90 d
old prenatally NMX or HPX guinea pigs. Complex I enzyme
activity was measured as the oxidation of NADH to NAD+
with a Complex I Enzyme Activity Microplate Assay Kit
from Abcam (Cambridge, MA), an assay that measures the
diaphorase-type activity of Complex I, which is independent
of ubiquinone and rotenone sensitivity. Briefly, mitochon-
drial proteins were isolated as previously described, and 5
μg was added to the microplate wells precoated with Com-
plex I-specific antibody. After 3 hrs of incubation at 25°C,
substrate (NADH and dye) was added to the wells, and OD
values measured at 450 nm were recorded. Enzyme activity
was expressed as the change in OD values per minute per
mg protein.

Complex IV (cytochrome c oxidase) activity is responsi-
ble for reduction of O2 to H2O and is a measure of the oxida-
tive capacity of the respiratory chain [44]. Cytochrome c
oxidase activity was measured colorimetrically by monitor-
ing the rate of oxidation of reduced cytochrome c (ferrocyto-
chrome c). Briefly, the mitochondrial protein amount (2-4
μg) was optimized to generate a reaction rate that followed
first order kinetics, which is related to chemical reactions that
are dependent on the molar concentration of one reactant.
Following optimization, mitochondrial proteins (3 μg) were
added to a 96-well plate containing the assay buffer (10
mM Tri-HCl, pH 7.0, and 120 mM KCl plus 0.04 mM
reduced cytochrome c (Sigma-Aldrich, St. Louis, MO) fol-
lowing reduction by 3 mM dithiothreitol. The OD values
generated by oxidation of the reduced cytochrome c were
measured as a decrease in absorbance at 550 nm in a 96-
well plate reader (BioTek, Winooski, VT) at 10 sec intervals.
Characteristics of first order kinetics were observed as
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cytochrome c oxidase activity was inhibited by generation of
the ferricytochrome c product from oxidation of the ferrocy-
tochrome c, and the reaction was slowed. The reaction rates
of each sample were directly determined from a tangent
drawn on the reaction curve at the 3 min time interval. Thus,
the observed kinetics of the reaction reflects the complex
interaction of the effect of decreasing substrate concentration
and increasing product inhibition on cytochrome c oxidase
[45]. Cytochrome oxidase activity units/mg protein = ΔOD/
time Δt /ε ∗ protein mg , (ε = 7 04mM−1 cm−1).

3. Results

3.1. Animal Model. Neonates exposed to prenatal HPX
exhibited a decrease in birth weight in both male (N values:
8 NMX, 8 HPX) and female (N values: 8 NMX, 8 HPX) off-
spring compared to age-matched NMX controls (Figure 1).
At 90 d old, offspring body weights were no different between
treatment groups for both sexes. There were no differences in
food or water intake rates between NMX and prenatally HPX
offspring as reported in a previous study [3]. There were no
morphological differences in total heart weight, left ventric-
ular weight, heart weight/body weight ratios (Figure 1), or
left ventricular weight/heart weight ratios (male: 0 74 ±
0 01 vs. 0 76 ± 0 01; female: 0 76 ± 0 01 vs. 0 76 ± 0 01,
NMX vs. HPX, respectively) between NMX and HPX ani-
mals. This is identical to the growth profile we previously
reported [34], in which body weights of prenatally HPX off-
spring were reduced at birth and 30 days old but were sim-
ilar at 60 and 90 days old. Sex differences in body weights
were found at 90 days old, with males exhibiting greater
weight than females.

3.2. Mitochondrial Content.Mitochondrial content was mea-
sured by qRT-PCR of mitochondrial DNA. Prenatal HPX
significantly (P < 0 05) reduced mtDNA (Figure 2) in left
ventricular heart tissue of male offspring. There was a signif-
icant decrease in mito DNA content in female compared to
male left ventricles although prenatal HPX had no effect on
mtDNA content in female heart tissue.

3.3. Complex I-V Subunit Protein Expression. Figure 3 is a
one-dimensional BN-PAGE gel illustrating the presence of
fully assembled respiratory Complexes I-V extracted from
mitochondrial fractions of left ventricular tissue homoge-
nates. Each of the bands correspond to an individual intact
respiratory complex and were confirmed by the MW. This
indicates that all five complexes are fully assembled following
extraction and exposure to hypoxia. The effect of HPX treat-
ment on expression of individual complexes was investigated
by performing Western blot analysis of individual subunits
corresponding to Complexes I-V. Representative Western
blots of Complex I-V subunit expression for left ventricles
for NMX and HPX, male and female hearts, are illustrated
in Figure 4. Figure 5 illustrates the graphic analysis of the
effects of HPX on representative mitochondrial CI-V subunit
expression in both left ventricular homogenates and freshly
isolated cells of offspring hearts (NMX: 7 males, 7 females;
HPX: 7 males, 7 females). In tissue homogenates, prenatal

HPX significantly inhibited (P < 0 05) the protein subunit
expression of all 5 complexes in male offspring and subunits
of CI, CIII, and CIV in female offspring (Figure 5). In cardiac
cells derived from male hearts, prenatal HPX significantly
inhibited (P < 0 05) CIV subunit expression only. In cells
from female hearts, prenatal HPX had no significant effect
on expression of any of the 5 complexes.

3.4. Complex (C) I and IV Activity Rates. CI activity was sig-
nificantly reduced in both left ventricular heart tissue (NMX:
N = 16, 8 males, 8 females; HPX: N = 16, 8 males, 8 females)
and cardiomyocytes (NMX: N = 16, 8 males, 8 females; HPX:
N = 16, 8 males, 8 females) from male hearts of prenatally
HPX offspring compared to their NMX controls (Figure 6).
Similarly, CIV activity rates were reduced in both heart tissue
and cardiomyocytes of male hearts of prenatally HPX off-
spring. In contrast, prenatal HPX had no effect on either CI
or CIV activity in either female heart tissue or cardiomyo-
cytes from female hearts.

4. Discussion

This study presents evidence that prenatal HPX induces
alterations in cardiac mitochondria that are manifested
in offspring hearts as decreased mitochondrial content,
decreased CIV expression, and decreased CI/CIV activity.
Secondly, there is a sexual dimorphism in response of the
mitochondria to prenatal HPX favoring female preservation
of complex expression and activity compared to males. While
prenatal HPX reduces body weight in both sexes at birth, fol-
lowing catch-up growth, there are no differences in body
weight, heart weight, or relative heart weight at 90 days old.
Despite this, there were significant changes in indices of car-
diac mitochondrial function.

4.1. Programming of Cardiac Mitochondrial Function. Effi-
cient delivery of ATP via oxidative phosphorylation is critical
for maintaining normal heart function [1]. The impact of
prenatal HPX on cardiac mitochondria of offspring identifies
a programming effect that may contribute to an underlying
cause of heart dysfunction. The current study provides new
information on indices of mitochondrial function that are
altered by exposure to prenatal HPX and confirms our previ-
ous result [34]. We have previously reported that prenatal
HPX programs contractile dysfunction in male but not
female offspring hearts in association with a decrease in
CIV activity [34, 38] and oxygen consumption of cardiac
cells [34].

A decrease in mitochondrial DNA content was mea-
sured in prenatally HPX males but not females. This may
reflect an effect of prenatal HPX on mitophagy since HPX
is an important regulator of mitochondrial degradation
[46]. Under conditions of chronic HPX, the fetal heart
may regulate its mitochondrial content by removing defec-
tive mitochondria as a cardioprotective mechanism [46]. It
is unknown whether the sustained decrease in mitochon-
drial content of prenatally HPX offspring hearts is due to
changes occurring in the fetal heart and sustained postna-
tally or occurring at the time of birth in response to the
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hyperoxic environment into which the fetus is born. Regard-
less, it suggests that prenatal HPX contributes to the sus-
tained changes in the offspring.

Prenatal HPX decreased subunit expression of CI-CV in
male and CI, CIII, and CIV in female heart tissue homoge-
nates but only CIV in freshly isolated cardiomyocytes of male
hearts. Cells were isolated from whole heart tissue to identify
the cell-specific effects of prenatal HPX. It should be noted
that the intact complex is made up of several subunits, whose
numbers vary depending on the complex. Altered subunit
expression may impact assembly of the respiratory complex
and its functional activity [47]. The small differences in sub-
unit protein expression with HPX may indicate that the
reduced protein expression is of small physiological signifi-
cance. However, differences in transcriptional regulation of
complex subunits may manifest in several other aspects of
mitochondrial function such as CI/CIV activity measured
in the current study and a decreased oxygen consumption
rate of intact cells, as reported in our previous study [38].
The difference of prenatal HPX on complex subunit
expression between whole tissue and isolated cells may
reflect the difference in heterogeneous versus homogeneous
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cell populations. In isolated cardiac cells, the decrease in
CIV subunit expression is small but significant in males
but not females, consistent with the sex differences in
CIV activity. However, CI activity was reduced but in the
absence of decreased CI subunit expression, suggesting post-
translational regulation of enzyme activity. The decrease in
both CI and CIV activities may also reflect several aspects
of mitochondrial function besides altering energy supply

[48]. For example, decreased CI activity can increase the pre-
mature leakage of electrons from the electron transport
chain to generate superoxide anions, resulting in mitochon-
drial oxidative stress [37, 49–51]. Additionally, this may
increase the NADH/NAD+ ratio due to decreased NADH
consumption by CI, with the resulting increase in NADH
inhibition to enzymes in the TCA cycle [52, 53]. Data from
the current study corroborate our previous report that both
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the maximal oxygen consumption rate and respiratory
reserve capacity were reduced in cells derived from prena-
tally HPX male but not female hearts [34]. Thus, prenatal
HPX may change the intrinsic properties of the respiratory
complexes in the offspring heart and thereby decrease respi-
ratory function.

4.2. Implications of Programming on Heart Function in the
Offspring. The mechanism of programming of mitochondrial
dysfunction in offspring hearts is poorly understood because
of the maturational changes the fetal heart undergoes as well
as the environmental changes to which the neonate is
exposed. The mitochondria of the fetal heart undergo a mat-
urational process that involves both structural organization
and functional changes in preparation of the metabolic
switch that occurs at birth [5, 54]. Intrauterine HPX can
disrupt this process directly, by generating mitochondria-
derived ROS [37, 49–51], or indirectly, by disrupting
transcriptional regulation of mitochondrial proteins [54]
and/or altering complex activity [55, 56]. It is unclear
whether HPX conditions disrupt mitochondrial respiration
via enhanced ROS generation, causing oxidative damage, or

via altered electron flux as a result of reduced complex activ-
ity. Regardless, there is a close association between altered
cardiac mitochondrial and contractile function in the hearts
of offspring [34], which suggests a programming effect of
prenatal HPX as an underlying mechanism.

4.3. Sex Differences in Mitochondrial Function. While mito-
chondrial sex differences in response to prenatal HPX were
present, the mechanisms underlying these differences are
unclear. Sex differences in response to prenatal HPX may
have their origins in the fetus, offspring, or both. Sex differ-
ences of the fetus are associated with both the genetic
makeup of the embryo/fetus [57, 58] and underlying differ-
ences in fetal hormone levels such as testosterone and estro-
gen [59–61]. Thus, differences in response to HPX in the
offspring may originate from either the genetic background
or the differences in fetal hormones, which may contribute
to the differences in epigenetic mechanisms induced by
HPX [57]. Further, the placenta may contribute to the sex-
ual dimorphism in its response to intrauterine stress [57]
due to differences in hormone synthesis (i.e., cortisol and
testosterone) [62]. We have previously shown that HPX
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reduces CI and CIV activities in male versus female pla-
centas under identical conditions as the current study [63].
Thus, differences in placental hormones may contribute to
the fetal response to intrauterine hypoxia and its subsequent
effects in the offspring.

Differences in sex steroid hormones in the reproductively
mature adult may also contribute to the sex differences in
mitochondrial complex activity. The mitochondria are con-
sidered major targets of cardioprotective signaling by estro-
gen, whose levels differ between male and female. It is
reasonable to consider that a secondary effect of postpubertal
steroid levels in female offspring may protect against and
even reverse the altered mitochondrial effects programmed
by prenatal HPX. Several studies have demonstrated estro-
gen’s protective effects by enhancing the antioxidant capacity
in female compared to male mitochondria [60, 61, 64, 65] as
well as stimulating mitochondrial biogenesis by upregulating
PGC-1β and NRF1 via nuclear gene transcription by binding
to ERα/β (61).

In conclusion, mitochondrial dysfunction is a contribut-
ing factor to heart dysfunction and eventual heart failure as
a result of inadequate energy delivery to the myofibrils [1].

Sex differences in mitochondrial protein expression and
activity in response to HPX may contribute to sex difference
in heart failure [66] and cardiovascular disease [67] with age-
matched men having a higher incidence than women. Exten-
sive study has now identified multiple mechanisms by which
intrauterine HPX can program heart dysfunction in the adult
[27, 28, 68]. We propose that the cardiac mitochondria are
critical downstream target organelles whose intrinsic prop-
erties of the respiratory chain complexes are altered by
intrauterine HPX. Thus, the programming of the cardiac
mitochondria by prenatal HPX may play a central role in
cardiac dysfunction in the adult, given its importance in cell
metabolism, energy supply, and contractile function. Further,
the dysregulation of cardiac mitochondrial function, initiated
in utero, may contribute to the vulnerability of the offspring
to factors contributing to cardiovascular disease [66, 67]
and heart failure [16, 66].

Data Availability

The data used to support the findings of this study are
available from the corresponding author upon request.
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Preeclampsia is a multisystemic pregnancy disorder and a major cause of maternal and neonatal morbidity and mortality
worldwide. The exact pathophysiology of preeclampsia remains unclear; however, it is speculated that the various pathologies
can be attributed to impaired vascular remodelling and elevated oxidative stress within the placenta. Oxidative stress plays a key
role in cell ageing, and the persistent presence of elevated oxidative stress precipitates cellular senescence and mitochondrial
dysfunction, resulting in premature ageing of the placenta. Premature ageing of the placenta is associated with placental
insufficiency, which reduces the functional capacity of this critical organ and leads to abnormal pregnancy outcomes. The
changes brought about by oxidative insults are irreversible and often lead to deleterious modifications in macromolecules such
as lipids and proteins, DNA mutations, and alteration of mitochondrial functioning and dynamics. In this review, we have
summarized the current knowledge of placental ageing in the aetiology of adverse pregnancy outcomes and discussed the
hallmarks of ageing which could be potential markers for preeclampsia and fetal growth restriction.

1. Introduction

Preeclampsia can be defined as de novo hypertension after
20 weeks of gestation in the presence of proteinuria and
maternal organ/uteroplacental dysfunction [1]. It is one
of the leading causes of maternal and neonatal morbidity
and mortality affecting about 3 to 8% of pregnancies world-
wide [2]. Preterm birth as a result of iatrogenic delivery
is a common factor in preeclampsia with up to 25% of
babies born to preeclamptic mothers being growth restricted
[2, 3]. Preeclampsia and IUGR are pregnancy-specific disor-
ders that are associated with placental insufficiency [4].
Complications associated with preeclampsia are responsi-
ble for about 15% of maternal deaths and high perinatal
mortality rates worldwide [5]. Ageing is experienced inev-
itably by organs; however, in preeclampsia, the presence
of persistent oxidative stress accelerates this process
resulting in premature ageing of the placenta [6]. It has
been reported by various studies that premature placental

ageing is associated with telomere shortening, cellular
senescence, and mitochondrial dysfunction [7–10].

2. Physiology of Ageing

Ageing is a unidirectional phenomenon experienced inevita-
bly by every tissue. It can be characterised as cellular senes-
cence through decline in functionality and mitochondrial
dysfunction through altered metabolism and signalling.

2.1. Cellular Senescence. Cells are capable of replication,
dividing into two exact copies of the parent cell. This includes
division of the genetic material by unwinding and splitting of
the DNA strands, in order to form two new copies as daugh-
ter strands. Telomeres are cap-like nucleotide repeats (TTAG
GG) present on the end of each strand. Damage to DNA
strands activates signalling cascades (ataxia telangiectasia-
mutated (ATM) and ataxia telangiectasia and Rad3-related
(ATR) pathways) that arrest cell division, induce cellular
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senescence, and promote cell death [11]. Telomeres with
other proteins like shelterin protect the end of nuclei from
being recognised as a double-strand damaged region (DDR)
[11]. It has been shown that telomeres shorten after every
replication cycle [12]. With the increase in proliferation
and decrease in telomere size, cells enter senescence or a
growth retardation phase (Hayflick limit) which ultimately
results in cellular death [12]. Telomere shortening has been
associated with various genetic diseases such as progeria or
premature ageing and Hutchinson-Gilford syndrome [13].

In some cases, such as cancer, cells can bypass senescence
and keep proliferating, becoming immortal. However, even
cancer cells do not divide indefinitely, and they enter a crisis
stage which results in either cellular death or telomere length
stabilization with a consequent upregulation of the telome-
rase enzyme to maintain telomere length [14]. Telomerase is
a RNA-protein complex that replenishes the lost nucleotides
to preserve the length of the telomere [15]. In somatic cells,
telomerases are turned off as a protective mechanism to pre-
vent neoplastic changes [16], but their activity is more pro-
nounced in germ cells, stem cells, and 90% of cancer cells [17].

2.2. Mitochondrial Dysfunction. Mitochondria are key regu-
lators of metabolism, redox balance, and apoptosis. During
the electron transport chain (ETC), electrons are pumped

across the inner mitochondrial membrane (from reduced
compounds to molecular oxygen) to create an efflux for
synthesis of energy [18]. According to the free radical or
oxidative stress hypothesis of ageing, there are a number
of timeline events occurring during oxidative phosphoryla-
tion resulting in leaching of electrons from mitochondrial
membranes which reacts with oxygen, forming free radi-
cals such as superoxide, ultimately impairing redox bal-
ance [19, 20]. The free radical theory has been succeeded
by the damage theory hypothesis which suggests that ageing
can be associated with the frequent and inevitable cumulative
damage at a molecular level caused by accumulated reactive
oxygen species (ROS) and its by-products and enzymes
[21]. Accumulated reactive oxygen species (ROS) leads to
reversible and irreversible changes within cells, resulting in
loss of molecular functioning and increased oxidative stress,
a phenomenon frequently associated with senescence, as
shown in Figure 1 [19, 20].

Mitochondrial functioning in ageing has been studied
extensively; it has been reported by a number of articles
that mitochondrial density, respiratory capacity, and ATP
production decline with cellular ageing [22–24]. Apart
from reduced functionality, ageing is accompanied with
damaged mitochondrial DNA (mtDNA), mutations, and
mitophagy [22, 25].

Altered
signalling
pathways

Risk factorsPlacental
insufficiency

and
hypoperfusion

DNA damage
response

Stress associated
pathways

Absence of
mitophagy

Free radicals

Improper fissions and
abnormal fusions

Oxidation of
macromolecules

Senescence associated pro-
inflammatory mediators

Telomere shortening

Epigenetic modulation

Genetic

Enviorn
mental

Figure 1: Cause and consequence of placental ageing: the pathophysiology of placental conditions such as preeclampsia and fetal growth
restriction is often associated with internal and external factors such as oxidative stress, genetic, immunological, and environmental. This
can result in placental insufficiency with further evidence of premature ageing of the placenta as a consequence of cellular senescence and
mitochondrial dysfunction [130, 131].
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Impaired redox signalling induces various modifications
within the macromolecules and mutations within mtDNA;
however, deleterious effects of these mtDNA mutations are
still not fully elucidated [26–28]. The bottleneck effect, which
explains genetic drifts and variations in small population
subsets, as is the case with mtDNA mutations, may transmit
small variations in germlines which are amplified in later
stages of oogenesis [29, 30]. A few studies have reported that
mutations in yeast mtDNA result in a shorter lifespan when
mitophagy is inhibited [31, 32]. Reduced mtDNA copy num-
bers have been associated with ageing and associated diseases
including cardiovascular disease (cardiomyopathy, athero-
sclerosis), neurodegenerative disease (Alzheimer’s disease,
Parkinson’s disease), cancer, and premature ageing of ovaries
in women [33, 34].

Mitophagy is a protective mechanism to maintain mito-
chondrial quality, remove mutated mtDNA, and ensure
mitochondrial homeostasis [35]. Furthermore, mitochon-
drial dynamics are maintained through frequent mitochon-
drial fission and fusion [36]. Oxidative damage to the
mitochondria can cause impaired fission with asymmetric
membrane potentials of daughter mitochondria which fail
to fuse effectively, resulting in accumulated malformed mito-
chondrial proteins with decreased autophagic capacity [37].
Palikaras et al. showed that mitophagy is required for longev-
ity in C. elegans as a result of reduced insulin/IGF-1 signal-
ling or impaired mitochondrial function [38].

Furthermore, loss of mitochondrial biogenesis through
an imbalance of mitophagy and mitochondrial fission/fusion
and accumulation of mitochondrial debris leads to cardiac
ageing in mice [39, 40].

Impaired mitochondrial functioning is reflective of the
mitochondrial unfolded protein response (UPRmt) [41]
which is regulated by communication between mitochon-
drial and nuclear proteins, where nuclear remodelling is
required for the activation of UPRmt [42]. When stress is
induced within cells, UPRmt is upregulated to promote
repairs, but in cases of prolonged UPRmt action, mutations
may be induced within the mtDNA [42]. Experiments on
C. elegans have shown that UPRmt upregulation and imbal-
ance in mitonuclear response induce longevity [43, 44].

Cell senescence is a result of nuclear damage usually
associated with high oxidative stress and accumulation of
ROS, debris, or misfolded proteins. Innate immune medi-
ators with Senescence-Associated Secretory Phenotypes
(SASPs) including cytokines, chemokines, growth factors,
and proteases are responsible for clearing debris from dead
or dying cells which might activate proapoptotic p53 and
AKT signalling pathways [45–47]. In several studies,
removal of inflammatory mediators and consequent sig-
nalling caused a reversal in cellular ageing, indicating that
inflammation might be both cause and consequence in cel-
lular senescence [48–50].

3. Pathophysiology of Preeclampsia

The pathophysiology of preeclampsia, even after decades of
research, is not completely understood. Preeclampsia can be
characterised as early onset, comprising or less than 20% of

all cases, or late onset, comprising the remaining 80% [51].
Several hypotheses have been proposed to fully elucidate
the underlying pathological mechanisms [51–54]. The pla-
cental origin of preeclampsia hypothesis describes inefficient
trophoblast invasion and remodelling of maternal spiral
arteries, causing “placental syndrome,” subsequently result-
ing in preeclampsia and fetal growth restriction [51, 54].

A more recent theory proposed by Thilaganathan impli-
cated abnormal cardiovascular function driving the abnor-
mal placentation that occurs within preeclampsia, and the
placental origin of preeclampsia only holds true in the case
of early onset of the disease [52, 54]. Late-onset preeclampsia
can be attributed to underlying maternal cardiovascular dys-
function which fails to meet the haemodynamic and meta-
bolic needs of the pregnancy and also results in adverse
postpartum cardiovascular outcomes in over 50% of patients,
possibly due to the fact that both preeclampsia and cardio-
vascular diseases share similar genetic and environmental
risk factors [52].

Supporting the link between placental-mediated patho-
physiology of early-onset PE, Yung et al. examined placental
samples from preterm, term, and second trimester pregnan-
cies and demonstrated that in early-onset preeclampsia, pla-
cental pathology is associated with upregulation of the
unfolded protein response (UPR) pathway and ER stress acti-
vation along with depression of the AKT pathway, reducing
cellular proliferation [55]. These authors demonstrated
molecular differences between the two phenotypes of term
and preterm preeclampsia [55].

Roberts and Hubel, amongst others, proposed a two-
stage model of preeclampsia which was later modified to six
stages by Redman et al. [53, 56]. Redman explains that stages
1 and 2 could be an early phenomenon such as preconception
tolerance of the mother towards paternal semen or short
duration between coitus and conception, leading to poor pla-
centation and affecting the health and growth of the fetus
[53]. Stage 3 begins at around 8 weeks of pregnancy where
in uncomplicated cases, trophoblastic plugs sealing the
maternal spiral arteries recede and the establishment of
uteroplacental circulation begins [53, 57]. However, in pre-
eclampsia, there is premature opening of trophoblastic plugs
with the influx of arterial blood increasing stress within the
placenta and leading to defective placentation [53]. Stage 4
of Redman’s model is characterised by decrease in placental
growth factors in cases of preeclampsia, leading to impaired
vascular remodelling of maternal spiral arteries into larger
vessels with low resistance to blood flow by trophoblast
[53, 58, 59]. Furthermore, Redman also states that with
increased placental and endothelial damage, clinical symp-
toms of preeclampsia are evident in stages 5 and 6 [53].

The development of the placenta begins with a decidual
reaction evoked by the blastocyst in the maternal endome-
trium, eventually leading to the formation of the basal plate
[60, 61]. Trophoblasts differentiate into two types: the inva-
sive extravillous cytotrophoblast (EVT) or the villous cyto-
trophoblast which later fuse to form the multinucleated
syncytiotrophoblast [61, 62]. The extravillous cytotropho-
blasts are responsible for establishment of uteroplacental
circulation and regulation of the maternal innate immune
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system [63, 64]. In uncomplicated pregnancy, extravillous
cytotrophoblasts (EVT) invade maternal spiral arteries,
veins, and lymphatic vessels of the endometrium during the
first trimester [65, 66]. EVT accumulations have also local-
ised in lymph nodes without any neoplastic changes suggest-
ing immune cell regulation by trophoblasts [65, 66].

Defective placentation results in a decrease in the angio-
genic vascular endothelial growth factor (VEGF) and placen-
tal growth factor (PLGF) and the release of deleterious
placental factors like soluble fms-like tyrosine kinase 1
(sFIt1) into the maternal circulation causing generalized
endothelial dysfunction [56, 57]. Circulating sFlt1 is abun-
dant in preeclamptic women which is attributed to vascular
resistance and increase in arterial blood pressure [67]. Recent
studies in women with fetal growth restriction (FGR) with no
symptoms of preeclampsia have provided evidence of a high
sFlt1/PLGF ratio [68, 69]. Proteinuria in preeclampsia can
also be associated with high levels of placental factors like
sFlt1, precipitating glomerular endotheliosis [70]. Altered
haemodynamic and decreased vascular flow leads to persis-
tent hypoxic-oxygenated states, resulting in high oxidative
stress within the placental tissue [55, 71–74]. Even though
elevated oxidative stress is evident in trophoblasts during
uncomplicated pregnancy, prolonged oxidative stress sup-
presses trophoblast activity, worsening the situation in preg-
nancy complications [75].

The syncytiotrophoblast is the outermost layer of the
villous trophoblast, in direct contact with maternal blood,
and syncytial debris in the form of knots or nuclear aggre-
gates can be detected in maternal circulation with increasing
gestational age [76, 77]. Constant vascular flow to the syncy-
tiotrophoblast causes rapid ageing changes and requires acti-
vation of autophagy for their removal in uncomplicated
pregnancies [8, 78, 79]. During preeclampsia, the syncytio-
trophoblast experiences accelerated ageing with upregulation
of the apoptotic cascade, necrotic breakdown with release of
necrotic debris, and increase in syncytial aggregates [77, 80].
It has been observed that the syncytiotrophoblast secretes
Senescence-Associated Beta-Galactosidase (SAβ-Gal) along
with elevation of proapoptotic p53 and CDK inhibitors, indi-
cating cessation of cell cycle and senescence [81, 82].

A recent review by Cox and Redman outlines the bio-
chemical pathway and the mechanism of ageing of placental
cells following oxidative stress [8]. They outline that the early
onset of senescence in preeclampsia can be due to excessive
ROS accumulation and oxidative/endoplasmic reticulum
(ER) stress leading to mTORC pathway (cell cycle regulator)
activation and production of Senescence-Associated Secre-
tory Phenotype (SASP) proteins which then activates the
cyclooxygenase pathway and enhances generation of proin-
flammatory cytokines and chemokines [8].

4. Cellular Senescence in Adverse
Pregnancy Outcomes

Trophoblasts mimic cancer cells by displaying invasiveness
in order to support growth of the fetus. Like neoplastic cells,
trophoblasts maintain their telomere length and Human
Telomerase Reverse Transcriptase (hTERT) level in

uncomplicated pregnancies [83, 84]. During the first trimes-
ter, the trophoblast experiences low oxygen tension or a
physiologic hypoxic state, associated with the upregulation
of HIF-1α. This low oxygen tension state is responsible for
the modelling of villous architecture and maintenance of cel-
lular integrity by preservation of telomere length and upreg-
ulation of telomerase enzymes [85, 86]. This physiologic state
is altered at the end of the first trimester when the placenta
becomes oxygenated [87]. The telomere length remains con-
stant throughout normal pregnancy, but in certain condi-
tions like fetal growth restriction and uncontrolled diabetes,
telomere length is significantly reduced [88, 89]. Telomere
changes could be associated with increased oxidative stress,
leading to DNA damage and activation of damage response
(DDR) through the p53 pathway and promoting senescence
of the trophoblast [9, 84]. In 2010, Biron-Shental et al. were
the first to report evidence of cellular senescence in pre-
eclampsia and fetal growth restriction. They demonstrated
that in preeclampsia and IUGR pregnancies, telomeres are
significantly shorter in the trophoblast with reduced expres-
sion of hTERTs with increased frequency of telomere aggre-
gates when compared to uncomplicated pregnancies [90].
These placental alterations were not present at 37-41 weeks’
gestation, indicating premature ageing of the placenta in
these pregnancy complications [90].

The placenta ages gradually, and the presence of senes-
cence markers such as p21, p16, p53, and Rb proteins
towards the term supports the ageing hypothesis of the
normal placenta [91]. Recently, a study by Nuzzo et al. shows
cell cycle changes with upregulated cyclin D1 (cell cycle
regulator) and PARP1 (expressed on DNA damage and
age-related changes) with downregulation of JunB (senes-
cence suppressor gene) in placental mesenchymal stromal
cells (PMSC) extracted from the preeclamptic placenta when
compared to the normal placenta [92]. Additionally, Sharp
et al. found an imbalance between p53 (senescence-inducing
and proapoptotic gene) and MDM2 (p53 suppressor) signal-
ling in placental proteins in the syncytiotrophoblast but not
in the cytotrophoblast in patients with early-onset pre-
eclampsia [93]. Finally, Gao et al. reported the upregulation
of p53 signalling and cell cycle arrest with activation of
proapoptotic BAX and caspase proteins in human umbilical
vein endothelial cells (HUVEC) taken from patients with
preeclampsia when compared to that from uncomplicated
pregnancy controls [94].

Activation of DDR pathways, mtDNA mutations, and
endogenous stress like ROS accumulation and redox signal-
ling can cause epigenetic modifications. Epigenetics can be
defined as physiologic changes which cannot be attributed
to the genetic code but rather modifications like phosphory-
lation, acetylation, or methylation of DNA or histone pro-
teins in the nucleus [95]. Either these changes could be an
adaptive response to persistent stimuli or they could be viru-
lent modifications leading to irreversible alterations in germ
cells [96]. The link between epigenetics, ageing, and age-
related disorders has been demonstrated in several studies.
Remodelling of chromatin may include methylation or
demethylation of histone residues at specific sites, which
can induce epigenetic changes within the cells [95, 96]. Lowe
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et al., through their research on endothelial cells collected
from the coronary artery of a 19-year-old male, discussed
that cellular ageing can be estimated precisely through
intrinsic properties of cells known as the epigenetic clock
indicated by specific DNA methylation or cytosine methyl-
ation of CpG islands, which may speed up ageing under
certain conditions [97]. Madrigano et al., through their
longitudinal study in an elderly population, showed that
gene-specific DNA methylation is strongly associated with
ageing and age-related disorders [98].

Epigenetic changes have been demonstrated within pla-
cental tissue including DNA methylation patterns, binding
ability of DNA-binding proteins or DBP (especially in the
cytochrome p450 gene), methylation patterns on imprinted
regions in H19/IGF2 genes, and methylation of histone
proteins within the human growth hormone in placental
chromatin [99]. In a recent study by Eddy et al., histone mod-
ifications were evident in the BeWo placental trophoblast
when exposed to hypoxic conditions with marked hypome-
thylation of cytosine, an epigenetic change usually evident
in age-related pathologies [100].

5. Mitochondrial Dysfunction-Associated
Ageing Changes in the Placenta

The placenta is a highly metabolic organ, requiring robust
mitochondrial activity. Even with normal mitochondrial
function, continuous changes within the extravillous tropho-
blast (EVT) and vascular remodelling lead to increased ATP
production through oxidative phosphorylation [101, 102].

Accumulation of ROS such as superoxide, nitric oxides,
and peroxynitrite results in oxidative stress during early
pregnancy [101]. ROS are signalling molecules which have
predominance over apoptotic, redox, and inflammatory-
mediated signalling pathways, respectively [103, 104]. ROS
can be generated from a number of sources including mito-
chondria (mROS), NADPH oxidases, xanthine oxidase, or
p450 enzyme [105, 106]. Reactive oxygen species (ROS) alter
macromolecules through oxidative damage to proteins
affecting gene functioning, lipid peroxidation with increased
polyunsaturated fatty acid circulation, and loss of cellular
membrane integrity [107–109]. Upregulation of ROS and
its by-product generation, lack of clearance, and redox sig-
nalling have direct links to both mitochondrial and cellular
ageing. In addition to these changes, oxidative stress activates
the Mitogen-Activated Protein Kinase (MAPK) pathway via
the Stress-Activated Protein Kinase/Jun N-Terminal Kinase
(SAPK/JNK) or p38 pathway in response to DNA damage,
which further leads to cessation of cell proliferation, and cel-
lular senescence [110].

Within the placenta, protein nitration and lipid perox-
idation have been shown to be significantly higher in tis-
sue isolated from preeclampsia patients compared with
uncomplicated pregnancy [111–113]. Lipid peroxidation
can be either enzymatic, catalysed by lipoxygenase enzymes,
or nonenzymatic in the presence of free radicals [114]. Non-
enzymatic lipid peroxidation is upregulated with ageing, and
its products are highly expressed in age-related diseases such
as atherosclerosis [115]. In 1998, Wang and Walsh described

that placental lipid peroxidation was significantly higher in
preeclampsia [111]. They established that high lipid peroxi-
dation levels are a result of escalated mitochondrial mass in
poor vascular flow to meet energy requirements in pre-
eclampsia [111].

Various systematic reviews have indicated elevated lipid
oxidation levels in preeclamptic maternal serum and plasma,
usually associated with impaired antioxidant defence when
compared with uncomplicated pregnancies [116, 117].

Low vascularization of the placenta results in a reduction
in mitochondrial size, number, and activity [118, 119]. A
recent study by Venkata et al., using the reduced uterine per-
fusion pressure (RUPP) model of preeclampsia in rats,
showed significant reduction in mitochondrial respiration,
especially in stage 3, and increased hydrogen peroxide pro-
duction when compared to control rats [118].

Nitric oxide signalling regulates cell processes such as
apoptosis, differentiation, and division [120]. Extravillous
trophoblastic activity such as migration and invasion could
be affected by two subtypes of nitric oxides, eNOS (endothe-
lial nitric oxide synthase) and iNOS (inducible nitric oxide
synthase) [120]. Nitration of proteins may either have no
effect or exhibit loss/gain of functionality. In the placenta,
peroxynitrite may alter vascular reactivity and uteroplacental
circulation in pregnancy complications such as preeclampsia
[91, 121]. Upregulation of NOS activity and peroxynitrite
accumulation in preeclampsia may result in depression of
mitochondrial activity by inhibiting the electron transport
chain and nitration of mitochondrial proteins and antioxi-
dants such as mitochondrial superoxide dismutase (MnSOD)
along with activation of trophoblastic apoptosis [122].

As shown in Figure 1, ageing is usually associated with
mitochondrial dysfunction as a direct consequence of loss
of mitochondrial dynamics and increased mitochondrial
damage [122, 123]. Mitochondria undergo continuous fis-
sion and fusion to maintain mitochondrial dynamics, failure
of which may lead to accumulation of mitochondrial debris
and deteriorate mitochondrial functioning [122, 123]. It is
believed that mitochondrial dynamics are altered in pre-
eclampsia with altered expression of mitochondrial autoph-
agy regulator genes like OPA1, SIRT3, and MNF2/1, but
limited research has been conducted to fully understand the
signalling process [124, 125]. Recently, Ausman et al.
reported that mitochondrial dynamics in preeclampsia is
inclined towards mitochondrial fission with increased phos-
phorylation of the DERP1 gene in mitochondria isolated
from preeclamptic placentas [126]. These changes were
accompanied by accumulation of ceramides which upregu-
lated BOK, a proapoptotic protein in preeclamptic placental
tissues when compared with normal placenta indicating
increased trophoblastic autophagy in preeclampsia and
IUGR [126].

Antioxidants are produced by cells to neutralise ROS
products by converting them to oxygen and hydrogen perox-
ide, which is further broken down to form water. Antioxi-
dants are also considered as antiageing agents and can be
classified into subtypes: enzymatic such as superoxide dismu-
tases (SODs), catalases, and peroxidases or nonenzymatic
such as vitamins (A, C, and E), bilirubin, and uric acid
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[127, 128]. Oxidative stress ensues when there is an imbal-
ance between the ROS by-products produced and those
scavenged by antioxidants [128, 129]. All major antioxi-
dants are localised in the placenta to reduce oxidative
stress, and their activity is dependent on the amount of
stress experienced by the cells [71]. In preeclampsia and
IUGR, antioxidant activity is attenuated when compared
to uncomplicated pregnancies, as shown in Figure 1 [127].

6. Senescence Markers in Adverse
Pregnancy Outcomes

A major obstetric challenge has been to establish biomarkers
for detection of pregnancy complications such as preeclamp-
sia and IUGR in maternal body fluids. Various markers of
mitochondrial dysfunction and oxidative stress have been
investigated as early biomarkers for pregnancy disorders, as
shown in Table 1. In 2012, Qiu et al. were the first to report
elevated mtDNA levels in the maternal peripheral blood in
preeclampsia indicating high oxidative stress and mitochon-
drial dysfunction [132]. A recent case-control study by Wil-
liamson and McCarthy and Kenny found elevated mtDNA
copy numbers in maternal plasma at 15-20 weeks’ gestation
in preeclamptic cases compared to those in uncomplicated
pregnancy controls [133, 134]. Furthermore, this study also
demonstrated significant reduction in the antioxidant mito-
chondrial superoxide dismutase (mSOD) level at 15 weeks’
gestation in women who later developed preeclampsia, thus
vindicating mitochondrial dysfunction as a pathophysiologi-
cal event in preeclampsia [134]. Another similar study by
Marschalek et al. indicated similar results with elevated
mtDNA copy numbers in maternal serum detectable in
early-onset preeclampsia [135].

Apart from mitochondrial dysfunction, inflammation
and inflammatory mediators are evident in premature ageing
of the placenta. Certain ageing-associated inflammatory
markers such as Senescence-Associated Secretory Pheno-
types (SASPs) are elevated in preeclampsia [136].

Kupferminc et al. showed that TNF-α is significantly ele-
vated in amniotic fluid and maternal plasma in severe pre-
eclampsia [137]. sST2 (soluble ST2) is a member of the
interleukin-1 family, expressed abundantly in endothelial
cells, and usually associated with age-related disorders such
as cardiac diseases [138]. In the case of elevated cell death
and necrotic signalling, the IL33/STL2 pathway is triggered
by Toll-Like Receptor-1 (TLR1) activation which leads to
upregulation of the cytokine and chemokine influx [139]. A
recent longitudinal study by Romero et al. reported signifi-
cant elevation of sST2 levels in maternal plasma in risk
patients almost 6 weeks prior to development of pre-
eclampsia [140].

MicroRNAs (miRNA) and long noncoding RNAs
(lncRNA) are noncoding RNAs that have the potential for
gene regulation [141]. miRNAs are available in bodily fluids
and are now being regularly investigated as both biomarkers
and perspective therapeutics. In the uterus, miRNAs are con-
trolled by steroidal hormones and they are responsible for
efficient placentation. Recent work by Tan et al. stated that
in adverse placental conditions like preeclampsia, long non-
coding RNA, lncRNA DLX6-AS1, is overexpressed in tro-
phoblastic cell lines, resulting in upregulation of mir-376c
which is responsible for cell cycle arrest [142].

7. Potential Therapeutics and Future
Perspectives for Adverse
Pregnancy Outcomes

Ageing is a unidirectional process which cannot be reversed;
however, research focused on reducing oxidative stress by
restoring mitochondrial fitness could be a potential therapy
for adverse pregnancy outcomes [143]. Mitochondrial fitness
is acknowledged as the key regulator for cell cycle progres-
sion and metabolism with mitochondrial interactions with
other organelles including the nucleus and endoplasmic
reticulum (ER) ensuring homeostasis of cellular dynamics
and viability. In pregnancy complications, chronic oxidative

Table 1: Senescence markers associated with placental ageing in adverse pregnancy outcomes.

Maternal plasma/serum
(1) Mitochondrial dysfunction
(2) Inflammatory marker (IL33/ST2 signalling pathway)

↑ mtDNA copy numbers
↑ sST2 level

Trophoblastic cell lines

(1) Cell cycle regulators
(2) miRNA/lncRNA
(3) DNA damage response
(4) Senescence regulators
(5) Epigenetic changes

↑ Cyclin D1
↑ Mir-376
↑ PARP1
↑ p53
↓ JunB

↓ MDM2
↑Hypomethylation of cytosine

Placenta
(1) DNA damage response
(2) Cell cycle regulators
(3) Mitochondrial dysfunction

↑ p53
↓ hTERT

↑ Telomere aggregates
↑ BAX

↑Lipid peroxidation
↑ NOS activity

↑ Peroxynitrite synthesis
↑ Phosphorylated DERP1 gene
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stress leads to mitochondrial dysfunction resulting in loss of
mitochondrial signalling stability [102]. Antioxidant supple-
ments such as vitamins C and E given during pregnancy have
not demonstrated any significant effects in reducing oxida-
tive stress.

However, continued research for more effective antioxi-
dants have shed light on a few cytoprotective agents targeting
the mitochondria.

A recent study has demonstrated that a mitochondria
targeting antioxidant, MitoTEMPO, is cytoprotective against
ROS-induced cell death [134]. When HUVEC cells were pre-
treated with MitoTEMPO before exposure to 3% plasma
from preeclampsia pregnancies, it resulted in significant
reduction in cellular superoxide production, normalization
of mitochondrial functioning, and reduction in inflamma-
tory influx [134]. Recently, another study done by Nuzzo
et al. demonstrates that mitochondrial-targeting antioxidant
MitoQ-treated pregnant rats exhibit normalized placental
volumes and rescued fetal growth restriction in hypoxic con-
ditions [144]. Furthermore, they discussed that MitoQ has
the potential to regulate the cell cycle through the MAPK
proliferation signalling pathway [144].

Finally, ergothioneine is a water soluble amino acid that
has been shown to be cytoprotective. Ergothioneine primar-
ily targets the mitochondria and can scavenge ROS, induce
cellular proliferation, and repair through upregulated antiox-
idant pathways [145]. The multitude of benefits of antioxi-
dants targeting and normalizing mitochondrial functioning
and dynamics may become potential prenatal therapeutics
for adverse pregnancy outcomes [145].

8. Conclusion

Senescence is beneficial to multicellular organisms especially
for elimination of mutations and prevention of cancers.
However, in the presence of persistent undesirable stress, this
process can accelerate unnaturally and result in serious
health complications. In adverse pregnancy outcomes such
as preeclampsia and fetal growth restriction, placental insuf-
ficiency is accompanied with aberrant signalling for prema-
ture placental senescence and apoptosis. As summarized
through Figure 1, this review has highlighted the current
knowledge on the role of placental mitochondrial dysfunc-
tion, cellular senescence, and the placental ageing axis in
adverse pregnancy outcomes.

Future research should focus on furthering our under-
standing of premature placental ageing as a pathophysiol-
ogy in pregnancy disorders and investigating novel ways
to improve outcomes such as preeclampsia and fetal
growth restriction.
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Wharton’s jelly mesenchymal stem cells (WJMSCs) transfer healthy mitochondria to cells harboring a mitochondrial DNA
(mtDNA) defect. Mitochondrial myopathy, encephalomyopathy, lactic acidosis, and stroke-like episodes (MELAS) is one of the
major subgroups of mitochondrial diseases, caused by the mt.3243A>G point mutation in the mitochondrial tRNALeu(UUR)

gene. The specific aim of the study is to investigate whether WJMSCs exert therapeutic effect for mitochondrial dysfunction in
cells of MELAS patient through donating healthy mitochondria. We herein demonstrate that WJMSCs transfer healthy
mitochondria into rotenone-stressed fibroblasts of a MELAS patient, thereby eliminating mutation burden and rescuing
mitochondrial functions. In the coculture system in vitro study, WJMSCs transferred healthy mitochondria to rotenone-stressed
MELAS fibroblasts. By inhibiting actin polymerization to block tunneling nanotubes (TNTs), the WJMSC-conducted
mitochondrial transfer was abrogated. After mitochondrial transfer, the mt.3243A>G mutation burden of MELAS fibroblasts
was reduced to an undetectable level, with long-term retention. Sequencing results confirmed that the transferred mitochondria
were donated from WJMSCs. Furthermore, mitochondrial transfer of WJMSCs to MELAS fibroblasts improves mitochondrial
functions and cellular performance, including protein translation of respiratory complexes, ROS overexpression, mitochondrial
membrane potential, mitochondrial morphology and bioenergetics, cell proliferation, mitochondrion-dependent viability, and
apoptotic resistance. This study demonstrates that WJMSCs exert bioenergetic therapeutic effects through mitochondrial
transfer. This finding paves the way for the development of innovative treatments for MELAS and other mitochondrial diseases.
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1. Introduction

Mitochondria are organelles responsible for the production
of ATP, the major energy currency of the cell. In humans,
mitochondrial dysfunction results in metabolic imbalance,
intracellular ATP deficiency, reactive oxygen species (ROS)
production, and perturbation in cell death singling [1, 2].
Mitochondrial DNA (mtDNA) is an approximately 16.6
kilobase, double-stranded, circular molecule encoding 37
genes, with several thousand copies per cell in humans [3].
Mutations in mtDNA may cause a broad spectrum of multi-
systemic diseases. Many patients of mitochondrial diseases
harbor both normal and mutant mtDNA in a single cell, a
state known as heteroplasmy. The degree of heteroplasmy
and distribution of mutant mtDNA in the patient’s tissues
determine the severity and phenotypic heterogeneity of the
disease [4].

Mitochondrial myopathy, encephalomyopathy, lactic
acidosis, and stroke-like episodes (MELAS) is one of the
major clinical subgroups of such mitochondrial diseases,
caused by point mutations: mt.3243A>G, mt.3271T>C,
mt.13513G>A, and others [5]. The mt.3243A>G mutation
at mt-tRNALeu(UUR) in particular has been associated with
certain defects, including impaired transcription termination
[6], decreased half-life of tRNALeu(UUR) molecules [7], and
abnormal tRNA folding [8]. These defects could negatively
influence mitochondrial translation and consequently ham-
per oxidative phosphorylation (OXPHOS) and bioenergetics
in MELAS cells. Typical manifestations of MELAS syndrome
include stroke-like episodes, seizures, dementia, diabetes,
ataxia, epilepsy, optic atrophy, deafness, migraine, cortical
blindness, cardiomyopathy, myopathy, exercise intolerance,
lactic acidosis, and vomiting [9]. Cells from MELAS patient
harboring the mt.3243A>G mutation have been shown to
present markedly decreased activity of respiratory chain
(RC) complexes [10–12] and increased activity of antioxidant
enzymes, superoxide dismutase, and catalase [13]. The defi-
cient RC complexes may contribute to inefficient ETC and
ultimately ROS leak. Accordingly, the increased activity of
antioxidant enzymes could be regarded as a compensatory
response to elevated ROS production.

There is an increasing interest in the therapeutic potential
of mesenchymal stem cells (MSCs) in treating mitochondrial
disorder. Spees et al. first demonstrated that bone marrow-
derived MSCs (BMMSCs) perform mitochondrial transfer
to replenish mtDNA-devoid ρ0 pulmonary adenocarcinoma
cells with mtDNA to rescue mitochondrial functions [14].
Subsequently, BMMSCs have been reported to exert thera-
peutic effects in acute lung injury through intercellular mito-
chondrial transfer [15]. It has been shown that tunneling
nanotubes (TNTs) serve as channels transporting intracellu-
lar components between connected cells both in vitro and
in vivo [16]. These components range from cytoplasm, ions,
lipid droplet, viral and bacterial pathogens, and organelles
such as mitochondria and lysosomes [17, 18].

Although BMMSCs are the most common source of ther-
apeutic MSCs, umbilical cord-derived Wharton’s jelly MSCs
(WJMSCs) provide an alternative, with more accessibility
and fewer ethical constraints than BMMSCs. Furthermore,

WJMSCs present a rapid proliferation rate, notable expan-
sion capability, no tumorigenicity, and strong immunomod-
ulatory capacities [19, 20]. Our team previously reported that
umbilical cord-derived WJMSCs successfully transfer mito-
chondria into ρ0 osteosarcoma cells [21], as well as cybrid
cells harboring the mt.8344A>G mutation of a myoclonic
epilepsy with ragged-red fibers (MERRF) patient [22]. Mito-
chondrial transfer from WJMSCs to MERRF cybrid cells
ameliorated mutation burden, oxidative stress, and enhanced
bioenergetics [22].

In this study, we aimed to investigate whether WJMSC-
conducted mitochondrial transfer could mitigate mutation
burden and rescue mitochondrial dysfunction in a MELAS
patient’s fibroblasts. We demonstrated that in a separate
coculture, mitochondrial transfer from WJMSCs to
rotenone-stressed MELAS fibroblasts eliminated mutation
burden through a TNT-dependent manner, with long-term
retention. Mitochondrial transfer to MELAS fibroblasts
resulted in improved mitochondrial translation, oxidative
stress, fusion-prone morphology, bioenergetics, cell prolifer-
ation, mitochondrion-dependent viability, and antiapoptotic
resistance. This effectively provides the opportunity for cor-
recting mitochondrial mutation burden of MELAS and other
mitochondrial diseases through WJMSC-based mitochon-
drial therapy.

2. Materials and Methods

2.1. Fibroblast Culture. Fibroblasts were isolated from a
patient skin punch biopsy. After a briefing and the signing
of informed consent, the patient underwent a skin punch
biopsy performed by an experienced physician using a punch
gun (4mm Biopsy Punches, Part Numbers 33-34, Integra™
Miltex®). The dissected skin biopsy pieces were quickly
transferred into a sterilized bottle containing PBS (Gibco)
and 2% antibiotics (Gibco). The skin biopsy pieces were then
diced into smaller pieces and transferred to DMEM (Gibco)
supplemented with FBS (Gibco), GlutaMAX (Gibco), and
1% antibiotics in a tissue culture plate, after which they were
not disturbed. After fibroblast colonies emerged around the
skin tissue, internal trypsination was performed to facilitate
cell expansion. Single clones were isolated using limiting
dilution. Briefly, 2,000 fibroblasts were seeded in well A1 of
a 96-well plate, followed by first vertical dilution series (from
A1 to well H1) using a single-channel pipette and then sec-
ond horizontal dilution series (from column 1 to column
12) using an 8-channel pipette in a 1 : 2 ratio. Final medium
volume of each well was kept in 200μl. After two to three
weeks, single-cell clone was transferred to 12-well plate and
then to 60mm dish in a progressive manner. Expanded cells
were subjected to genotyping for the mt.3243A>G mutation
burden. The study protocol and informed content were
reviewed and approved by the Institutional Review Board
of Chang Gung Memorial Hospital (CGMH; IRB No. 104-
5205C).

2.2. Isolation, Cultivation, and Identification of WJMSCs.
Human WJMSCs were prepared from the postpartum
human umbilical cords obtained during normal spontaneous
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deliveries after informed consent had been obtained. The
preparation of human WJMSCs has previously been
described [21]. Briefly, the human umbilical cords were
placed in Hanks’ balanced salt solution (Gibco) supple-
mented with 2% antibiotics (Gibco) before harvesting of the
WJMSCs. After the arteries and veins had been removed,
the remaining cord was diced into small pieces and trans-
ferred to 100mm dishes containing DMEM supplemented
with 10% FBS in a 37°C incubator at 5% CO2. Upon reaching
100% confluence, cells were detached using 0.25% trypsin-
EDTA (Gibco). The WJMSCs had a typical spindle-shaped
appearance and presented positive for CD73, CD90, and
CD105, while negative for CD31, CD34, and CD45. FITC-
conjugated antibodies, including anti-CD73 (410200, Invi-
trogen), anti-CD90 (#GTX11155, GeneTex), anti-CD105
(#GTX11415, GeneTex), anti-CD31 (#GTX43363, Gene-
Tex), anti-CD34 (#GTX18227, GeneTex), and anti-CD45
(#MHCD4520, Invitrogen), were used for the detection of
surface markers and analyzed in a flow cytometry (FACSCa-
libur, BD Biosciences). Study protocol and informed consent
were reviewed and approved by the Institutional Review
Board of Chang Gung Memorial Hospital (CGMH; IRB
No. 101-1620A3).

2.3. Coculturing and Imaging. WJMSCs and MELAS fibro-
blasts were transfected with Cox4-DsRed and Su9-EGFP
plasmids, respectively, using the Lipofectamine® 3000 Trans-
fection Reagent (Invitrogen) prior to coculture. After 24 h of
coculture, mitochondrial transfer was counted under a fluo-
rescence microscope (Leica, Wetzlar, Germany). The role of
TNTs of WJMSCs in mediating mitochondrial transfer was
validated in the presence or absence of cytochalasin B
(#C2743, Sigma) at 350nM, 24 h prior to coculture with
MELAS fibroblasts.

2.4. Measurement of mt.3243A>G Mutation Burden. Muta-
tion burden detection was performed as previously described
[23]. Briefly, total DNA of cultured cells were extracted using
Quick-DNATMMiniprep kit (Zymo Research). The primers
used were L2678 (2678-2696): 5′-ATTGACCTGCCCGTGA
AGA-3′ and H3836 (3836-3817): 5′-GGCAGGAGTAA
TCAGAGGTG-3′. The amplified PCR products (1159 bp)
were then subjected to restriction digestion by Apa I
(Thermo Fisher Scientific), which can recognize the restric-
tion site (5′-GGGCCC-3′) created by the A3243G mutation
to form a 591 bp and a 568 bp fragment. The PCR products
were loaded onto 0.7% agarose gel in Tris-acetate EDTA
(TAE) buffer containing 0.01% of SYBR safe DNA Gen Stain
(Invitrogen). After electrophoresis, the gels were photo-
graphed under ultraviolet light. The proportion of the
mt.3243A>G mutation burden was quantified with ImageJ.

2.5. Measurement of ROS Production. The measurements of
intracellular and mitochondrial ROS were determined with
flow cytometry, following cell staining with CM-H2DCFDA
(Invitrogen) and MitoSOX™ Red (Invitrogen) fluorescent
probe, respectively. Cells were washed twice with PBS and
stained with CM-H2DCFDA (5μM) or MitoSOX™ Red
(5μM) for 30min at 37°C. Cell pellets were collected, washed

twice with PBS, and then resuspended in PBS. Fluorescence
was detected with FACSCalibur flow cytometer (BD
Biosciences).

2.6. Measurement of Mitochondrial Membrane Potential
(MMP). MMP was evaluated using cationic fluorescent dye
tetramethylrhodamine ethyl ester (#T-3168; Thermo Scien-
tific). Cells were incubated in 100nM TMRE for 30min at
37°C. They were then washed twice with 1x PBS, and fluores-
cence signal was examined and photographed by a fluores-
cence microscope. For quantitative measurement, cells
stained by TMRE were analyzed using flow cytometer
(FACSCalibur, BD Biosciences).

2.7. Western Blot. Cells were lysed in RIPA lysis buffer
(#R0278, Sigma) with the addition of the Halt Protease
Inhibitor Cocktail (#8778, Thermo Scientific) and Halt Phos-
phatase Inhibitor Cocktail and EDTA solution (#78420,
Thermo Scientific). The antibodies used included anti-
NDUFA9 (#20312-1-AP, Proteintech), anti-COX4
(#GTX114330, GeneTex), anti-COX2 (#55070-1-AP, Pro-
teintech), anti-β-actin (#MAB1501, Millipore), peroxidase-
conjugated AffiniPure Goat Anti-Mouse IgG (H+L) (#115-
035-003, Jackson ImmunoResearch), and peroxidase-
conjugated AffiniPure Goat Anti-Rabbit IgG (H+L) (#111-
035-003, Jackson ImmunoResearch). The signals were devel-
oped using the Ultra ECL-HRP Substrate (#TU-ECL02,
TOOLS) using X-ray films.

2.8. Detection and Categorization of Mitochondrial
Morphology. The examination and quantification of mito-
chondrial morphology were conducted as previously
described [24]. Briefly, mitochondria were visualized using
mitochondrial-targeting fluorescent protein Cox4-DsRed,
generously provided by Dr. David Chan (California Institute
of Technology, Pasadena, CA 91125, USA). The MicroP
algorithm was utilized to categorize mitochondrial morphol-
ogy into fission (small globe) and fusion types (simple tube,
twisted tube, donut tube, and branching tube) [25]. N = 75–
400 mitochondria were obtained from 10–30 cells and three
independent experiments.

2.9. ATP Assay. 7 5 × 104 cells were trypsinized, washed, and
resuspended in DPBS (Invitrogen) supplemented with 2%
FBS and incubated in the presence of DMSO or oligomycin
(Sigma) at 37°C for 2 h. Cells were then collected to deter-
mine ATP level (K354-100, BioVision) according to the
manufacturer’s guidelines.

2.10. Oxygen Consumption Rate (OCR). Oxygen consump-
tion measurements were performed in a Seahorse XF24 Ana-
lyzer (Agilent). 2 × 104 cells were seeded in each well of a
Seahorse Flux Analyzer plate. Cells were incubated in
DMEM in Seahorse cell plates for 1 h before oxygen con-
sumption measurement. When assay was performed, three
measurements of the basal level of oxygen consumption were
recorded. Subsequently, oligomycin (1μM), a complex V
inhibitor, was injected and mixed, and three measurements
were recorded to determine ATP-linked oxygen consump-
tion and proton leak. Following oligomycin, FCCP
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(0.25μM), a proton uncoupler, was injected and mixed, and
another three measurements were recorded to determine
maximal respiration capacity. Finally, complex I inhibitor
rotenone (0.5μM) and complex III inhibitor antimycin A
(0.5μM) were injected and mixed, and three measure-
ments were recorded to determine nonmitochondrial oxy-
gen consumption.

2.11. Cell Proliferation. For measurement of cell proliferation
rate, cells were seeded in high-glucose DMEM (Gibco) and
cell viability was determined by Cell Counting Kit-8 at days
0 and 7.

2.12. Mitochondrion-Dependent Viability Assay. 1 × 104 cells
were seeded in a 12-well plate. Culture medium was replaced
with glucose-free DMEM supplemented with 10mM galac-
tose (Sigma) and 10% FBS on the day prior to day 0.
Bright-field cellular morphology was observed under a
microscope (Leica, Wetzlar, Germany) at days 0, 5, and 7.
Cell viability was determined by Cell Counting Kit-8 (Sigma).

2.13. Determination of Cell Apoptosis. Cells were fixed with
4% paraformaldehyde for 15min at room temperature. After
PBS washing twice, cells were permeabilized with 0.1% Tri-
ton X-100 (Sigma-Aldrich) diluted in PBS for 15min. For
detection of cleaved caspase-3, following blocking with 2%
of BSA (Sigma-Aldrich) for 4 h, primary antibody against
cleaved caspase-3 (Asp 175) (#9759, Cell Signaling) was
added. The cells were incubated overnight at 4°C. Goat
anti-rabbit secondary antibody (#R37117, Invitrogen) was
added for 1 h at room temperature. The nuclei were stained
with DAPI (#D1306, Invitrogen) diluted in PBS for 5min
and mounted with the ProLong™ Gold Antifade Mountant
(#P36934, Invitrogen). Cleaved caspase-3-positive percent-
age was counted from at least three randomized fields of
three independent experiments. For detection of DNA strand
breaks, terminal deoxynucleotidyl transferase-mediated
nick-end labeling (TUNEL) staining was conducted by an
In Situ Cell Death Detection Kit (#11684795910, Roche)
according to manufacturer’s protocol. Images were acquired
with a fluorescence microscope (Leica, Wetzlar, Germany).
TUNEL signal intensity was quantified by ImageJ.

2.14. Statistical Analysis. Data collected from at least three
independent experiments were expressed as the mean ±
SEM. Differences between two data sets were evaluated by
two-tailed unpaired Student’s t-tests. Statistical tests between
multiple data sets were analyzed using a one-way analysis of
variance (ANOVA) followed by post hoc Bonferroni’s test. A
p value under 0.05 was considered statistically significant.

3. Results

3.1. MELAS Fibroblasts Exhibit Mitochondrial Dysfunction
and Increased ROS Production in a Mutation Burden-
Dependent Manner. To verify whether the mt.3243A>G
mutation is the cause of mitochondrial dysfunction, we first
obtained MELAS fibroblasts harboring various degrees of
mutation burden through clonal isolation (Figure S1).
MELAS fibroblasts with negative mutation burden (MFNeg)

presented undetectable mutation signals, identical to healthy
control fibroblasts, while fibroblasts with high mutation
burden (MFHi) harbored the mt.3243A>G at a rate of up to
80% (Figures 1(a) and 1(b)). Consistent with mutation
burden, MFHi cells presented higher mitochondrial and total
intracellular ROS production than MFNeg cells (Figures 1(c)
and 1(d)). Galactose medium, in which cells with normal
mitochondria are able to survive [26], was then utilized to
examine mitochondrion-dependent viability. In contrast to
the competent viability characteristics of the control and
MFNeg cells, MFHi cells presented cell loss over time
(Figures 1(e) and 1(f)), indicating that the high mutation
burden contributes to mitochondrial dysfunction.

3.2. Mitochondrial Transfer from WJMSCs to MELAS
Fibroblasts Pretreated with Rotenone Eliminates Mutation
Burden with Long-Term Retention. We further employed a
separate coculture system, which allows cell-cell contact
between two cell populations while WJMSCs can be removed
without intercellular mixture after coculture (Figure 2(a)).
This approach created a physical barrier preventing full con-
tact between adjacent cells and thus excluding the formation
of intercellular gap junction, while permitting cell-to-cell com-
munication with extruding structures, such as TNTs. To visu-
alize mitochondrial transfer, mitochondria of WJMSCs were
labeled with red fluorescence by Cox4-DsRed2 transfection.
We did not observe mitochondrial transfer from WJMSCs to
MFHi cells in a separate coculture (Figure S2B). The
mutation burden of MFHi cells was unaffected (Figure S2C).
We further labeled mitochondria of WJMSCs and MFHi cells
with red and green fluorescence, respectively, by Cox4-
DsRed2 and Su9-EFGP and mixed both cell populations in a
blended coculture. No intercellular mitochondrial transfer
was observed (Figure S2D). We then pretreated fibroblasts
with mitochondrial complex I inhibitor rotenone, by which
mitochondrial transfer from donor cells can be induced after
recipient cells are prestressed in vitro and in vivo [22, 27],
followedbycoculture.Both rotenone-stressedMFNeg andMFHi

cells presentedmitochondrial fluorescent signals subsequent to
coculture, while MFHi cells harbored significantly more signal-
positive cells than MFNeg cells (Figures 2(c) and 2(d)). The
results from the blended coculture were consistent with a
separate coculture (Figures2(e) and2(f)).On theotherhand, F-
actin depolymerizing agent cytochalasin B- (350nM) treated
WJMSCs24hprior to coculture didnot conductmitochondrial
transfer (Figures 2(c)–2(f)). This result implicates the pivotal
roleofTNTs indelivering theseorganelles.Wenextdetermined
whethermitochondrial transfer improves theMELASmutation
burden of MFHi cells. The mutation burden of MFHi cells
cocultured with WJMSCs was dramatically reduced to an
undetectable level in the PCR-RFLP assay, identical to those of
WJMSCs andMFNeg cells (Figures 3(a) and 3(b)). Of note, the
rescue effect persisted in continuous culture for up to 28 days
after coculture (d35) (Figures 3(a) and 3(b)), indicating that
improvement of mutation burden is capable of long-term
retention. The elimination of mutation burden implies that
mtDNA molecules of WJMSCs enter MELAS fibroblasts
through mitochondrial transfer. This was confirmed by
sequencing hyper variant region 2 (HVR2) of D-loop of the
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Figure 1: MELAS patient-derived fibroblasts exhibit mitochondrial dysfunction and increased reactive oxygen species (ROS) expression in a
mutation burden-dependent manner. (a) Representative image of the mt.3243A>G mutation burden of each fibroblast clone. The mutation
(mt3243A>G) was detected using PCR-RFLP. PCR product containing normal mt.3243A was not digested by Apa I and showed an 1159 bp
band. The mt.3243A>Gmutation was Apa I-cleaved into 598 and 591 bp band. (b) Relative proportions of the mt.3243A>Gmutation burden.
(c, d) Mitochondrial and intracellular ROS were detected with MitoSOX™Red and H2DCFDA, respectively. (e) Representative image of
mitochondrion-dependent viability. Glucose-containing culture medium was replaced with glucose-free 10mM galactose medium at day
0. Cell confluence photographed and viability detected with CCK-8 kit at days 0, 5, and 7. #p < 0 05 significantly different when compared
to all experimental groups. ∗p < 0 05 significantly different when compared to the indicated group. Con: control fibroblast from normal
human; MFOri: original MELAS fibroblast derived from patient; MFNeg: MELAS fibroblast clone harboring negative mutation burden;
MFHi: MELAS fibroblast clone harboring high mutation burden; MFI: mean fluorescence intensity.
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Figure 2: Mitochondrial transfer from WJMSCs to MELAS fibroblasts pretreated with rotenone. (a) Schematic of a separate coculture in
which a 3 μm pore membrane divides Cox4-DsRed-expressing WJMSCs from MELAS fibroblast. (b) Experimental course shows that
MELAS fibroblasts pretreated with 500 nM rotenone for 24 h, followed by a 7-day coculture. Mitochondrial transfer and mtDNA
mutation burden were examined at the indicated time point. (c) Representative image of mitochondrial transfer from WJMSCs to MELAS
fibroblast. Arrowheads indicate mitochondrial transfer of WJMSCs into MELAS fibroblast. (d) Quantitative results of mitochondrial
transfer efficiency. (e) Schematic of the blended coculture. WJMSCs from MELAS fibroblast, respectively, labeled with mitochondrial Cox-
DsRed and Su9-EGFP were subjected to blend coculture for one day. (f) Representative image of intercellular mitochondrial transfer.
Arrowheads indicate mitochondrial transfer of WJMSCs. Arrows indicate hybrid mitochondria. ∗p < 0 05 significantly different when
compared to any other group. WJ: Wharton’s jelly mesenchymal stem cell; MFNeg: MELAS fibroblast clone harboring negative mutation
burden; MFHi: MELAS fibroblast clone harboring high mutation burden; WJCB: WJMSCs pretreated with 350 nM cytochalasin B for 24 h
before coculture.
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Figure 3: Mitochondrial transfer from WJMSCs eliminates mutation burden of MELAS fibroblasts with long-term retention. Experimental
course is shown in Figure 2(b). (a) Representative result of mutation burden after a separate coculture. (b) Relative proportions of mutation
burden. (c) Identification of mitochondrial genotype by sequencing HVR2 segment of mtDNA. Arrows indicate that mtDNA genotype of
MFHi+WJ is identical to WJ, but not to MFHi. ∗p < 0 05 significantly different when compared to all experimental groups. WJ: Wharton’s
jelly mesenchymal stem cell; MFNeg: MELAS fibroblast clone harboring negative mutation burden; MFHi: MELAS fibroblast clone
harboring high mutation burden.
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rescued MFHi+WJMSCs. As shown in Figure 3(c), the HVR2
sequence of MFHi cells cocultured withWJMSCs is identical to
WJMSCs,validating themitochondrial transfer fromWJMSCs.

These results suggest that WJMSCs actively transfer
mitochondria into stressed MELAS fibroblasts through
TNT-dependent communication and transferred normal
mtDNA from WJMSCs exhibit long-term retention.

3.3. Mitochondrial Transfer ofWJMSCs ImprovesMitochondrial
Translation, Oxidative Stress, and MMP, Remodeling
Mitochondrial Morphology and Preserving Bioenergetics of
MELAS Fibroblasts. Following mitochondrial transfer of
WJMSCs, we then evaluated mitochondrial function. As RC
complex proteins are the central components of OXPHOS, we
determined the expression level of nuclear-encoded NDUFA9
and COX4 and mtDNA-encoded COX2. MFHi cells cocultured
with WJMSCs presented increased expression of RC complex
proteins (Figures 4(a)–4(d)). As RC complexes play a pivotal
role in maintaining ETC and proton gradient across the mito-
chondrial inner membrane, we then examined ROS production
and MMP. Consistent with restoration of RC complexes, ROS
production was significantly decreased, while MMP was signif-
icantly increased (Figures 4(e)–4(g)). To dissect mitochondrial
morphology, cells were transfected with mitochondrial Cox4-
DsRed to display mitochondria. MFHi cells presented markedly
fragmented mitochondria, while WJMSCs, control, and MFNeg

cells exhibited tubular networks (Figures 5(a)–5(c)). Of note,
MFHi cells cocultured withWJMSCs also presented tubular net-
work morphology (Figures 5(a)–5(c)). We next measured total
and OXPHOS-linked ATP production in the absence and pres-
ence, respectively, of oligomycin, a mitochondrial ATP synthase
inhibitor targeting Fo component of complex V. Control and
MFNeg cells showed significantly higher total ATP than MFHi

cells, while the ATP level of MFHi+WJMSCs was significantly
improved (Figure 5(d)). Suppression of ATP by oligomycin
indicates the energetic dependency on OXPHOS. Compared
with oligomycin-sensitive ATP reduction in control and MFNeg

cells, MFHi cells were not responsive, suggesting that MFHi cells
have impaired OXPHOS-linked ATP production (Figure 5(d)).
Notably, MFHi cells cocultured with WJMSCs showed restored
OXPHOS-linked ATP production (Figure 5(d)). To further
confirm bioenergetics and metabolic phenotype, we measured
the oxygen consumption rate (OCR) and extracellular acidifica-
tion rate (ECAR) using XF24 bioanalyzer. MFHi cells demon-
strated lower basal, ATP-linked, and maximal and spare OCR
than control cells, while MFHi cells cocultured with WJMSCs
exhibited significantly improved performance in these assays
(Figures 5(e)–5(i)).

3.4. Mitochondrial Transfer of WJMSCs Enhances Cell
Proliferation, Mitochondrion-Dependent Viability, and
Antiapoptotic Resistance to Rotenone. We next examined
the cell proliferation rate. MFHi cells showed a lower cell
proliferation rate than control and MFNeg cells, while MFHi

following coculture with WJMSCs had a significantly
increased proliferation rate (Figures 6(a) and 6(b)). Addi-
tionally, impairment of mitochondrion-dependent viability
of MFHi cells was markedly improved by WJMSCs coculture
(Figures 6(c) and 6(d)). This finding is consistent with

amelioration of the mitochondrial functions, morphology,
and bioenergetics of MFHi cells (Figures 4 and 5). We then
examined cell apoptosis stressed by rotenone by detecting
cleaved caspase-3 and TUNEL assay. MFHi cells presented
both a higher cleaved caspase-3 level and TUNEL signal than
the control and MFNeg cells under 0, 250, and 500μM rote-
none (Figures 7(a) and 7(b)). Notably, MFHi cells following
coculture with WJMSCs demonstrated significantly reduced
expression of both apoptotic indicators (Figures 7(a) and
7(b)), suggesting that mitochondrial transfer from WJMSCs
provides apoptotic resistance.

4. Discussion

Our team has previously found that umbilical cord-derived
WJMSCs yield mitochondrial transfer to mtDNA-devoid ρ0

cells and completely restore mtDNA content [21]. We subse-
quently explored mitochondrial transfer from WJMSCs to
cybrid cells harboring the mt.8344A>G mutation from a
patient with myoclonic epilepsy with ragged-red fibers
(MERRF) [22]. WJMSC-conducted mitochondrial transfer
was demonstrated to effectively restore mitochondrial func-
tion by replenishing healthy mtDNA and reducing mutation
burden. The present study further corroborates these previ-
ous observations and extends the investigation into MELAS
patient-derived primary fibroblasts, which more closely sim-
ulates the physiological state of cells in vivo. As illustrated in
Figure 8, we demonstrate that human WJMSCs donate
healthy mitochondria into rotenone-stressed MELAS fibro-
blasts and dramatically eliminate mutation burden to a neg-
ative level, while the TNT formation inhibitor abolishes
WJMSC-conducted mitochondrial transfer, eliminating the
mutation burden with proven retention for further 28 days.
As well, mitochondrial functions are significantly improved,
as indicated by enhancement of protein expression of RC
complex components and MMP, as well as decreased intra-
cellular and mitochondrial ROS production. Importantly,
mitochondrial bioenergetics, metabolic phenotype, prolifera-
tion rate, and mitochondrion-dependent viability of MELAS
fibroblasts are significantly improved, to the extent they are
comparable with normal fibroblasts. Concurrently with bio-
energetics, morphology of mitochondria in MELAS fibro-
blasts is altered from a fragmented expression to one of
tubular elongation. Finally, we observe that antiapoptotic
resistance of MELAS fibroblasts is also significantly increased
following mitochondrial transfer.

Impaired mitochondrial function of recipient cells may
initiate the retrograde signaling triggered by disturbances of
ROS, Ca2+, AMP/ATP, and the NAD+/NADH ratio to acti-
vate mitochondrial transfer mechanism of donor cells [28].
Ahmad et al. have shown that MSCs donated more mito-
chondria to rotenone-treated epithelial cells, which then
presented restored mitochondrial respiration and ATP level,
as well as decreased mitochondrial ROS production and
cytochrome c release [27]. In addition, it has been demon-
strated that cellular stresses such as LPS and UV which cause
mitochondrial dysfunction of recipient cells are essential for
initiation of mitochondrial transfer [15, 29]. Nevertheless,
mitochondrial transfer from MSCs to mtDNA-devoid ρ0
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Figure 4: Mitochondrial malfunction of MELAS fibroblasts is improved following mitochondrial transfer. (a) Representative immunoblot
image of mitochondrial OXPHOS subunits (nuclear-encoded NDUFA9 and COX4 and mtDNA-encoded COX2). Actin as loading
control. (b–d) Quantitative results of protein expression level normalized to actin. (e, f) Mitochondrial and intracellular ROS detected
with MitoSOX™ Red and H2DCFDA, respectively. (g) Mitochondrial membrane potential (ΔΨm) measured by TMRE stain and
photographed using a fluorescence microscope. FCCP used to dissipate ΔΨm served as negative control. Scale bar, 100 μm. (h)
Mitochondrial membrane potential quantitatively analyzed using flow cytometry. ∗p < 0 05 significantly different when compared to the
indicated group. WJ: Wharton’s jelly mesenchymal stem cell; Con: control fibroblast from normal human; MFNeg: MELAS fibroblast clone
harboring negative mutation burden; MFHi: MELAS fibroblast clone harboring high mutation burden; MFI: mean fluorescence intensity.
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Figure 5: Continued.
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Figure 5: Mitochondrial transfer by WJMSCs contributes to remodel mitochondrial morphology and rescue mitochondrial bioenergetics.
(a) Representative image of mitochondrial morphology. Mitochondrial morphology was visualized by transfecting Cox4-DsRed. White
rectangle represents highlighted segment enlarged in lower panel. (b, c) The MicroP algorithm categorized mitochondrial morphology
into five types: small globe (blue), simple tube (green), twisted tube (orange), donut (red), and branching tube (purple). N = 75-400
mitochondria from 15-30 cells and three independent experiments. (c) Quantitative score of mitochondrial morphology. (d) OXPHOS-
linked ATP production was dissected with the addition of ATPase inhibitor oligomycin. (e) OCR analysis. Vertical lines indicate the
subsequent addition of the ATPase inhibitor oligomycin, the uncoupling reagent FCCP, and the inhibitors of the electron transport
chain rotenone/antimycin A (Rot/AA). (f–i) Histograms individually representing basal (basal OCR), oligomycin-sensitive (ATP-linked
OCR), FCCP-stimulated (maximal OCR), and the difference basal and maximal respiration (spare OCR). NS: no significance between
the indicated groups. ∗p < 0 05 significantly different when compared to the indicated group. #p < 0 05 significantly different compared
to any other DMSO-treated group. Con: control fibroblast from normal human; MFNeg: MELAS fibroblast clone harboring negative
mutation burden; MFHi: MELAS fibroblast clone harboring high mutation burden; OCR: oxygen consumption rate; ECAR: extracellular
acidification rate.
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cells can occur without additional stress [14, 21]. Thus,
nearly abolished mitochondrial function may be needed to
induce sufficient biological cues necessary for triggering
mitochondrial transfer. Accordingly, our study shows that
mitochondrial transfer is not successful unless MELAS fibro-
blasts are stressed by rotenone prior to coculture with
WJMSCs (Figure 2 and S2).

Mechanisms accounting for mitochondrial transfer of
donor cells include TNT formation, gap junction, and cell
fusion [17]. Herein, we observed mitochondrial transfer from
WJMSCs to MELAS fibroblasts in a separate coculture
system, where contact-dependent gap junction and cell-cell
fusion are prevented, and only cellular protruding structures
or releasing components are allowed (Figure 2). As such,
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Figure 6: Cell proliferative capacity and mitochondrion-dependent viability are augmented following mitochondrial transfer by WJMSCs.
(a, b) 1 × 104 cells were seeded in 12-well plates at the day before day 0. Viable cell number was counted with the trypan blue assay at days 0
and 7. A value expressed as percentage relative to Con. (c) Representative image of mitochondrion-dependent viability. Cells were seeded at
the day prior to day 0. Glucose-containing culture medium was replaced with glucose-free 10mM galactose medium at day 0. Cell
confluence photographed and viability detected with CCK-8 kit at days 0, 5, and 7. (d) Quantitative results of cell viability. ∗p < 0 05
significantly different when compared to control. Δp < 0 05 significantly different when compared to MFNeg. φp < 0 05 significantly
different between MFHi and MFHi+WJ. Con: control fibroblast from a normal human; MFNeg: MELAS fibroblast clone harboring
negative mutation burden; MFHi: MELAS fibroblast clone harboring high mutation burden.
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mitochondrial transfer of WJMSCs is unlikely to be mediated
by gap junction or cell fusion. Furthermore, nomitochondrial
transfer occurswhenWJMSCsare treatedwith cytochalasinB,
which inhibits actin polymerization and tunnel tube forma-
tion (Figure 2). This suggests that the formation of TNTs is

most likely implicated in mediating mitochondrial transfer
of WJMSCs.

The mt.3243A>G mutation, the cause of mitochondrial
dysfunction, leads to reduction of mtDNA-encoded proteins,
MMP and ATP generation, and increased ROS production
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Figure 7: Resistance against apoptotic stress is enhanced following mitochondrial transfer by WJMSCs. (a) Representative image of cleaved
caspase-3 stain (red). Nuclear counterstained using DAPI (blue). (b) Quantitative result of positive cleaved caspase-3 relative to DAPI. (c)
Representative image of TUNEL stain (green) photographed after cells treated with 0 (DMSO), 250, and 500 nM rotenone for 24 h. (d)
Quantitative result of TUNEL-positive signal. ∗p < 0 05 significantly different when compared to the indicated group. #p < 0 05
significantly different from every other group. NF: normal human dermal fibroblast; MFFre: MELAS fibroblast clone free of mutation
burden; MFHi: MELAS fibroblast clone harboring high mutation burden.

14 Oxidative Medicine and Cellular Longevity



[30–32]. Elimination of the mt.3243A>G mutation burden
following mitochondrial transfer increases the expression of
mtDNA- and nuclear-encoded proteins of mitochondrial RC
complexes (Figure 4). As RC complexes are central compo-
nents of mitochondrial OXPHOS, this fundamental change
may contribute to alleviating ROS generation and restoring
MMP (Figure 4), ATP production, and metabolic phenotype
(Figure 5). As a result of the improved mitochondrial bioener-
getics, cell proliferation and mitochondrion-dependent viabil-
ity of MELAS fibroblasts are significantly improved (Figure 6).

Mitochondrial bioenergetics may change mitochondrial
morphology through ATP availability. GTP, formed from
ATP by nucleoside diphosphate kinases, serves as a substrate
for mitochondrial dynamic proteins, as most of them are
GTPases [33]. Increases and decreases of local GTP levels can
be sensed by dynamic proteins, such as OPA1 and Drp1,
respectively, resulting in mitochondrial fusion and fission
[34]. In our study, MELAS fibroblasts having undergone
mitochondrial transfer present elongated and fusion morphol-
ogy, which could be mediated by enhanced bioenergetics
(Figure 5). In addition, fission-related morphology facilitates
the normal progression of apoptosis, whereas activation of
fusion-related proteins antagonizes apoptotic progression

[35]. As such, WJMSC-treated MELAS fibroblasts exhibiting
resilience against toxin-induced apoptosis (Figure 7) may be
attributable to augmented fusionmorphology of mitochondria.

Mitochondrial replacement therapy involving replacement
of oocyte maternal mtDNA can circumvent mtDNA mutation
transmission from amother to child, thereby preventing gener-
ational transmission of mitochondrial diseases [36]. Although
mitochondrial replacement therapy is a relatively cutting-edge
process, patients suffering from mitochondrial diseases
urgently require effective therapy enabling elimination of
mtDNA mutation burdens. The finding that bone marrow-
derived MSCs (BMMSCs) can donate mitochondria to
mtDNA-devoid ρ0 pulmonary adenocarcinoma cells initially
raised the possibility of treating mitochondrial disorders with
stem cells. In terms of cell therapy, BMMSCs which have been
primarily exploited in experimental and clinical studies never-
theless possess several drawbacks, including an invasive har-
vesting procedure and a decreased cellular proliferation and
differentiation potential related to donor age and comorbidities
[37]. By contrast, umbilical cord-derived WJMSCs are easily
accessible, present superior proliferation rate in vitro, exhibit
less cellular aging, express lower immunogenicity [38], and
are devoid of ethical concerns. The FDA has registered dozens
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of clinical trials on the safety and efficacy ofWJMSC transplan-
tation for the treatment of several diseases, such as cardiomy-
opathies, diabetes, and rheumatoid arthritis. Importantly,
clinical studies report promising results with no adverse side
effects, apart from several cases of fever [39]. The present study
demonstrates the efficacy of WJMSC-based therapy in elimi-
nating mtDNAmutation burdens and restoring the mitochon-
drial functions of MELAS fibroblasts, presenting a new avenue
for treating MELAS and other mitochondrial diseases. The
findings herein suggest that the pathophysiological relevance
of our results should be further verified in animal model and
clinical studies.
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The mitochondria represent an integration and amplification hub for various death pathways including that mediated by
granzyme B (GB), a granule enzyme expressed by cytotoxic lymphocytes. GB activates the proapoptotic B cell CLL/lymphoma 2
(Bcl-2) family member BH3-interacting domain death agonist (BID) to switch on the intrinsic mitochondrial death pathway,
leading to Bcl-2-associated X protein (Bax)/Bcl-2 homologous antagonist/killer- (Bak-) dependent mitochondrial outer
membrane permeabilization (MOMP), the dissipation of mitochondrial transmembrane potential (ΔΨm), and the production of
reactive oxygen species (ROS). GB can also induce mitochondrial damage in the absence of BID, Bax, and Bak, critical for
MOMP, indicating that GB targets the mitochondria in other ways. Interestingly, granzyme A (GA), GB, and caspase 3 can all
directly target the mitochondrial respiratory chain complex I for ROS-dependent cell death. Studies of ROS biogenesis have
revealed that GB must enter the mitochondria for ROS production, making the mitochondrial entry of cytotoxic proteases
(MECP) an unexpected critical step in the granzyme death pathway. MECP requires an intact ΔΨm and is mediated though
Sam50 and Tim22 channels in a mtHSP70-dependent manner. Preventing MECP severely compromises GB cytotoxicity. In this
review, we provide a brief overview of the canonical mitochondrial death pathway in order to put into perspective this new
insight into the GB action on the mitochondria to trigger ROS-dependent cell death.

1. Introduction

Cytotoxic T lymphocytes (CTL) and natural killer (NK) cells
are essential to the host defense against pathogen-infected
or transformed cells [1–6]. They trigger target cell death
either through the death receptor pathway or through the
cytotoxic granule pathway, which relies on perforin-
dependent delivery of granzyme serine proteases into the
cytosol of the target cell [7–19]. In humans, 5 granzymes
(A, B, H, K, and M) have been identified, whereas mice have
10 orthologs (A, B, C, D, E, F, K, L, M, and N) [20–22]. Gran-
zyme B (GB) and granzyme A (GA) are the most abundantly
expressed and consequently the best characterized [20–22].
GA cleaves its substrates after lysine or arginine residues to
trigger a caspase-independent, B cell CLL/lymphoma 2-
(Bcl2-) insensitive, and mitochondrial outer membrane per-
meabilization- (MOMP-) independent cell death pathway
with the morphological feature of apoptosis [23–27]. GB

cleaves its substrates after aspartic acid residues to induce
cell death either in a caspase-dependent or caspase-
independent manner [22, 28–31]. Human GB can also
directly cleave key effector caspase substrates, such as the
inhibitor of caspase-activated DNAses (ICAD), the DNA
damage sensor poly(ADP-ribose) polymerase (PARP-1),
the nuclear structural protein lamin, the nuclear mitotic
apparatus protein (NuMa), the DNA-dependent protein
kinase catalytic subunit (DNA-PKc), and the microtubule
protein tubulin, to activate death similar to that induced
by the caspase pathway [26, 29, 32–36].

The mitochondria represent an integration and ampli-
fication hub for various death pathways including that of
GB. Similarly, to initiator caspases, GB activates the proa-
poptotic Bcl-2 member BID to switch on the intrinsic
mitochondrial death pathway [34–37]. This leads to dissi-
pation of mitochondrial transmembrane potential (ΔΨm)
and Bax- and Bak-dependent MOMP. MOMP is necessary
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for the release of apoptogenic factor cytochrome c (cyt c),
HtrA2/Omi, endonuclease G (Endo G), Smac/Diablo, and
apoptosis-inducing factor (AIF) from the mitochondrial
intermembrane space to the cytosol [26, 38–42]. Interest-
ingly, human GB can also induce loss of ΔΨm and cyt c
release in the presence of caspase inhibitors, and mice defi-
cient for BID, Bax, and Bak, critical for MOMP, are still sen-
sitive to GB-induced cell death, indicating that human GB
targets the mitochondria in other ways; this will be discussed
in greater detail later [38, 40, 43, 44]. Much emphasis has
been put on MOMP, as it is an important step in the mito-
chondrial death pathway. However, the contribution of other
mitochondrial alterations such as reactive oxygen species
(ROS) production for the GB cell death pathway and apo-
ptosis in general has received less attention. Interestingly,
GA, GB, and caspase 3 are all able to directly target the mito-
chondrial respiratory chain complex I for ROS-dependent
cell death. Research focusing on the ROS biogenesis in this
pathway has revealed that GB must enter the mitochondria
for ROS production, making the mitochondrial entry of cyto-
toxic proteases (MECP) an unexpected critical step in the
granzyme death pathway. For general review on the gran-
zymes, we refer the readers to PMID: 18304003, 12360212,
and 22095283.

2. Reactive Oxygen Species

Nowadays, it is accepted that ROS production is a determi-
nant of many cell death mechanisms, including apoptosis,
necrosis/necroptosis, ferroptosis, pyroptosis, and autophagic
cell death [45–52]. ROS are also involved in the physiology
and pathophysiology of many processes and conditions such
as signal transduction, ischemia/reperfusion, stroke, neuro-
degenerative disorders, aging, and cancer [53–58]. ROS are
formed by the partial reduction of oxygen. They encompass
both radical species, which have unpaired electrons, e.g.,
superoxide anion (O2-·), hydroxyl radical (·OH), and nitric
oxide (NO), and nonradical products, which do not have
unpaired electrons but are powerful oxidizing agents, e.g.,
hydrogen peroxide (H2O2), hypochlorous acid (HOCl), and
peroxynitrite (ONOO-) [59]. The primary radical species
(O2-·, NO, and H2O2) are produced by specialized enzyme
systems such as the nicotinamide adenine dinucleotide
phosphate hydrogen (NADPH) oxidases, the myeloperoxi-
dases, the nitric oxide synthases (NOS), the monooxygenase
activity of cytochrome P450, the xanthine oxidase, the
monoamine oxidase (MAO), and the mitochondrial respira-
tory chain, with the latter being the most prominent source
of endogenous ROS [59, 60]. Counterintuitively, ROS are
also necessary for physiological functions. Indeed, because
the primary radical species can easily be controlled by enzy-
matic and nonenzymatic antioxidants such as superoxide
dismutase, catalase, and glutathione, and because their reac-
tions with biomolecules are reversible, they are particularly
capable of physiological/pathophysiological intracellular sig-
naling. Actually, primary radical species are continuously
generated through several physiological processes in the cell
and are crucial for inflammation, vasoconstriction, signal

transduction, and cell migration, differentiation, and prolif-
eration [57, 58, 61–68].

Nevertheless, excessive ROS production has deleterious
effects on cells. Although, even at high concentrations, the
primary species (O2-·, NO, and H2O2) are not directly dam-
aging to the cells, they react with themselves or with metal
ions to produce the deleterious highly reactive secondary spe-
cies ·OH, ONOO-, and HOCl [69]. A well-known example is
the Fenton reaction of H2O2 with iron ions to produce ·OH
[69]. These secondary species are highly toxic and poorly
controlled and react irreversibly with almost all classes of
biomolecules, resulting in oxidative damage and cellular dys-
function [70–74]. Overproduction of such secondary species
leads to a state of oxidative stress in which the endogenous
antioxidant machinery of the cell is overwhelmed. Conse-
quently, the cells accumulate damage within macromolecules
like DNA, lipids, and proteins [70–74]. To cope with the del-
eterious potential of the secondary radical species, cells
evolved a robust antioxidant machinery based on both enzy-
matic and nonenzymatic antioxidants, such as superoxide
dismutase (SOD), catalase, glutathione, and thioredoxin sys-
tems. SOD occurs in three isoforms: cytosolic CuZn-SOD
(SOD1), mitochondrial Mn-SOD (SOD2), and extracellular
EC-SOD (SOD3) [56, 75]. SOD, as its name indicates,
dismutes O2- into H2O2 [75]. Catalase is a homotetramer
that converts H2O2 into water in the presence of NADPH
[56, 76]. The glutathione peroxidases (GPx), in association
with glutathione (GHS), reduce H2O2 and lipid hydroperox-
ides [56, 77]. There are eight GPxs, all tetrameric enzymes
with the particularity of using selenocysteine in their active
sites (GPx1-4 and GPx6), while GPx5 and GPx7-8 are nonse-
lenium congeners [77]. Moreover, the removal of H2O2 also
involves thioredoxin (TRX), thioredoxin reductase (TRR),
thioredoxin peroxidase (PRX), and glutaredoxins [56]. Most
of these enzymatic antioxidants use NADPH as a reducing
equivalent. NADPH not only maintains catalase in the active
form but also functions as a cofactor of TRX and glutathione
reductase for the recycling of oxidized glutathione (GSSG) to
its reduced form (GSH), for later use as a cosubstrate by GPx
[56, 76, 77]. The most abundant nonenzymatic antioxidant
in the cell is GSH, which participates in the reduction of
H2O2 into H2O and O2, and is thereby oxidized to form
GSSG. GSSG is then reduced into GSH by glutathione reduc-
tase using NAD(P)H as an electron donor. It maintains
ascorbic acid (vitamin C) and α-tocopherol (vitamin E)
in their active forms. GSH also protects from cell death by
interfering with proapoptotic and antiapoptotic signaling
cascades. Vitamin C and E are, respectively, aqueous and
lipophilic antioxidants that protect the intra- and extracellu-
lar milieu and membranes from oxidants. As stated earlier,
when the cellular antioxidant machinery is overrun, cells
accumulate damage that can be fatal. Initially, ROS were con-
sidered by-products of cell death. However, new evidence
suggests that ROS have a major role in the initiation and
amplification of the death insult by modulating many signal-
ing pathways. Although they are contributing determinants
for various forms of cell death, their biogenesis and their
mode of action during cell death are still not well understood
except for ferroptosis.
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3. Apoptosis

Apoptosis is orchestrated via a genetically encoded molec-
ular machinery dedicated to cell death. This programmed
cell death is necessary for the normal development and
homeostasis of multicellular organisms. Therefore, any dys-
regulation of this sophisticated machinery contributes to
the etiology of a vast spectrum of pathologies, including can-
cer and neurodegenerative disorders [39, 51, 78]. We refer
the readers to PMID: 20683470, 25236395, and 17237344
for reviews on cell death. Morphologically, cells undergoing
apoptosis shrink and assume a round shape as a result of
the caspases protease-mediated degradation of cytoskeleton
proteins. This is followed by condensation of the chromatin
into compact patches against the nuclear envelope (pykno-
sis), disruption of the nuclear envelope, and fragmentation
of DNA (karyorrhexis). The cell membrane shows irregular
buds known as blebs [51, 78–80]. Ultimately, the cells break
apart into several vesicles called apoptotic bodies, which are
then phagocytized. In vivo cells committed to apoptosis are
phagocytized before the end of this process, avoiding collat-
eral damage and inflammation. Consequently, apoptosis is
in general seen as nonimmunogenic [51, 78–80]. However,
in certain conditions, this process can become immunogenic
[81]. Two pathways lead to apoptosis: the extrinsic pathway,
which is initiated by the engagement of death receptors at the
cell surface [80, 82–85], and the intrinsic pathway, which is
triggered downstream of cellular stress such as DNA damage,
endoplasmic reticulum (ER) stress, or growth factor with-
drawal [80, 82, 86]. In both pathways, the mitochondria play
a critical role either by amplifying or by engaging the death
insult, respectively. These two pathways crosstalk with the
activation of the executioner caspase.

4. The Extrinsic Pathway

The extrinsic pathway is engaged after stimulation of the
death receptors, tumor necrosis factor receptor (TNFR),
FAS, and TNF-related apoptosis-inducing ligand receptor
(TRAILR) at the cell surface by their respective ligands
TNF, FASL, and TRAIL [80, 82–84]. The ligand binding
results in trimerization of the receptors and recruitment
of adaptor molecules such as FAS-associated death domain
protein (FADD) and then procaspase 8 to form the death
induction signaling complex (DISC) through homotypic
interaction of their death domain (DD) or death effector
domain (DED). As a consequence, dimerization occurs along
with proximity induced activation of the initiator caspase 8,
which can then directly cleave and activate caspase 3 and cas-
pase 7 for the execution of apoptosis [85, 87]. Interestingly,
caspase 8 can also proteolytically activate BID, connecting
the extrinsic pathway with the intrinsic pathway. Caspase 8
cleaves and activates BID into its truncated form (tBID),
which activates BAX and BAK for MOMP [80, 82–84].

5. The Intrinsic Pathway

As stated earlier, mitochondria are central to the execution
of apoptosis. MOMP is considered the point of no return.

Indeed, in stressed conditions, proteins of the Bcl2 fam-
ily member with only the BH3 domain (the BH3-only
proteins) [Bcl2-interacting mediator of cell death/Bcl-2-
like protein 11 (BIM/Bcl2-L-11), Bcl2-associated agonist of
cell death (BAD), Bcl-2-interacting killer (BIK), Bcl-2-
modifying factor (BMF), BCL2/adenovirus E1B 19 kDa
protein-interacting protein 3 (BNIP3), activator of apoptosis
harakiri (HRK), phorbol-12-myristate-13-acetate-induced
protein 1 (PMAIP1/NOXA), and Bcl-2-binding component
3/p53 upregulated modulator of apoptosis (PUMA)] trans-
duce the death signals that originate from stressed conditions
for activation of the proapoptotic BAX and BAK [51, 88–90].
This results in conformational changes, leading to BAX and
BAK oligomerization at the mitochondrial outer membrane
(MOM) for MOMP. This succession of events has drastic
consequences for cell fate, as it leads to the release of
the apoptogenic factor cyt c from the mitochondrial inter-
membrane space to the cytosol. Cytosolic cyt c is required
for the oligomerization of the adaptor protein apoptotic
protease-activating factor 1 (APAF1) and the formation of
the apoptosome, a scaffold dedicated to the proteolytic con-
version of the initiator procaspase 9 into active caspase 9.
Active caspase 9 processes and activates the executioner
and effector caspase 3 and 7 necessary for the orchestration
of cellular dismantling that causes cell death. Other apopto-
genic factors, such as second mitochondrion-derived activa-
tor of caspase/Diablo (Smac/Diablo) and high-temperature
requirement protein A2 (HtrA2), are also released from the
mitochondrial intermembrane space in order to unleash
effector caspases from the inhibitory action of the inhibitors
of apoptosis (IAPs) such as XIAP [91]. Endo G and AIF are
also released from the mitochondria to further nucleosomal
DNA fragmentation [41, 42].

6. Regulation of Apoptosis

In both the extrinsic and intrinsic pathways, MOMP is
tightly regulated by the interplay of the Bcl2 proteins, as the
antiapoptotic members, Bcl2, Bcl-XL, andMCL1, counterbal-
ance the proapoptotic function of BAX and BAK [92, 93].
Upon death stimuli, activation of the BH3-only proteins will
unleash the proapoptotic action of BAX and BAK by antago-
nizing the antiapoptotic members [92, 93]. Post MOMP, cas-
pase activation is also regulated by the IAP proteins IAP1/2
and XIAP, a set of cytosolic factors containing one or more
baculovirus IAP repeat motifs necessary for interaction
with the caspase. The IAP also contains a RING domain
for the recruitment of E2 ubiquitin-conjugating enzymes.
Upon caspase binding, the IAP mediates their ubiquitination
and proteasome-dependent degradation [91–96]. The for-
mation of the apoptosome is dependent on dATP and cyt
c, although ATP at a physiological level and transfer RNA
inhibit cyt c [97, 98]. This suggests that enough cyt c must
be available to overcome this inhibition. Likewise, physiolog-
ical concentrations of calcium and potassium ions inhibit
apoptosome formation in a cyt c-sensitive manner [99,
100]. Lastly, chaperone proteins PHAP/pp32, Hsp70, and
Hsp90 favor apoptosome activation by preventing APAF1
aggregation [101–103].
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7. The Caspases

The caspases are divided into two subfamilies. Caspases 2,
3, 6, 7, 8, 9, and 10 are involved in cell death initiation
and execution, while caspases 1, 4, 5, 13, and 14 are ded-
icated to cytokine processing during inflammatory responses
[104–106]. The initiator caspases 2, 8, 9, and 10 have a long
prodomain, while the executioner caspases 3, 6, and 7 have
a small one. Initiator caspase activation depends on its prox-
imity dimerization after binding to the adaptor protein with
the death domain motif. Once activated, they proteolytically
activate the executioner caspases. Active caspases are hetero-
tetramers composed of two large and two small subunits
[104–106]. The active executioner caspases orchestrate the
cleavage of a discrete set of proteins to induce the morpho-
logical and biochemical features associated with apoptosis.

8. The Mitochondria

It is now accepted that the mitochondria originated from the
Rickettsia group of alpha-proteobacteria, eubacteria-like
endosymbionts [107, 108]. However, a recent metagenomics
analysis suggests that the mitochondria ancestors originated
most likely from a proteobacterial lineage that branched off
before the divergence of all sampled alpha-proteobacteria
[109]. Structurally speaking, the mitochondria are double-
membrane organelles made of an outer membrane (MOM)
surrounding a highly folded inner membrane (MIM), which
protrudes into an inner compartment consisting of the mito-
chondrial matrix. Although the MIM is separated from the
MOM by an intermembrane space (IMS), both mitochon-
drial membranes remain connected at areas of contact sites,
which are involved in the organization of the MIM invagina-
tion called cristae [110–113]. In eukaryotic cells, mitochon-
dria have an undisputed role in cellular energy production
and metabolism [114–116]. Simply said, the mitochondria
are the cellular power house because they are proficient at
producing ATP via oxidative phosphorylation (OXPHOS)
[117]. The OXPHOS system embedded in the MIM receives
reduced electrons from NADH and FADH2 at the level of
complex I and complex II, respectively. These electrons tun-
nel to complex III via coenzyme Q10 and then to complex IV
via cyt c and to the final acceptor oxygen to produce water
(H2O). This electron flow provides energy, which is tran-
siently stored in the form of a proton gradient as it is coupled
with the efflux of protons from the matrix to the IMS. The
resulting proton-motive force is used to fuel complex V for
ATP synthesis [60]. Even in physiological conditions, this
electron transport is associated with mitochondrial ROS pro-
duction at the level of complexes I and III [60]. Furthermore,
recent evidence also indicates that dimers of complex V are
likely the molecular determinants of the permeability transi-
tion pore involved in Ca2+-dependent cell death [118–120].
Mitochondria are also crucial for Ca2+ homeostasis, cell cycle
regulation, differentiation, cell death, and aging [49, 51, 121–
127]. This plethora of functions is matched by their morpho-
logical and structural versatility. In fact, mitochondria are
extremely dynamic interconnected tubular networks con-
stantly undergoing remodeling through fusion and fission

events [128, 129]. The mitochondrial shaping proteins, a
family of dynamin-related GTPases, and their adaptor pro-
teins orchestrate the balance between fusion and fission.
Mitofusin (MFN) 1 and 2 inserted in the MOM and optic
atrophy 1 (OPA1) anchored in the MIM control the fusion
of the MOM and MIM, respectively [124, 130–135]. Mito-
chondrial fission requires the translocation of dynamin-
related protein (DRP) 1 from the cytosol to the mitochon-
dria where it docks on the MOM to its adaptor human fis-
sion protein 1 (hFis1), mitochondrial fission factor (MFF),
and mitochondrial dynamics 51 kDa and 49 kDa proteins
(MiD51 and MiD49) [124, 130–139]. Interestingly, mito-
chondria share contact sites with the endoplasmic reticulum
(ER) [124, 130–135, 140, 141]. These mitochondrial ER
contact sites (MERCs) regulate mitochondrial Ca2+ homeo-
stasis, lipid transfer, the initiation of autophagosome for-
mation, and determination of the mitochondrial fission
site [142–149]. At the MERCs, defined by the ER tubules
wrapping the mitochondria, the mitochondria are con-
stricted [142, 150]. In fact, the MERCs provide a platform
for the recruitment of motor force-generating cytoskeletal
proteins [150]. ER-bound inverted formin 2 (INF2) con-
centrates between the two organelles where the ER wraps
the mitochondria [146, 150, 151]. INF2 triggers the assem-
bly of the actomyosin motor, which provides the force for
the initial constriction of the mitochondria [142, 146, 150,
151]. Once assembled, the ER-associated constricted mito-
chondria enable polymerized DRP1 to spiral around the
mitochondria to mediate their fission [142, 146, 150–154].
Mitochondria can respond to many cellular cues. For exam-
ple, during starvation, the pool of cellular AMP rises, leading
to the activation of protein kinase A (PKA) that phosphory-
lates DRP1 on serine 637, preventing its translocation to the
mitochondria and therefore blocking its profission activity.
Consequently, mitochondria elongate because unopposed
fusion likely serves as a mechanism to spare these organelles
from autophagic degradation in order to optimize energy
production in response to starvation conditions [130, 131,
133, 134]. During stress, mitochondrial depolarization trig-
gers an intracellular Ca2+ rise that activates the phosphatase
calcineurin, which dephosphorylates DRP1 at serine 637,
leading to its activation and consequently mitochondrial
fragmentation in order to induce cell death [130, 131, 133,
134]. Furthermore, OPA1 also regulates cyt c release by con-
trolling the mitochondrial cristae junctions [133, 155–157].
Accumulating evidence also suggests a direct relationship
between mitochondrial fragmentation and apoptosis. During
apoptosis, Bax colocalizes with DRP1 and MFN2 at the
fission site. Formation of the BID/Bax/Bak complex reduces
mitochondrial fusion, probably due to the inhibition of
MFN2, while it stabilizes the docking of sumoylated DRP1
on the MOM, leading to mitochondrial fragmentation
[158–161]. In this context, mitochondrial fragmentation is
caspase independent. During oxidative stress, protein kinase
C triggers phosphorylation of human DRP1 isoforms 1 and 3
at residues S616 and S579, respectively, resulting in mito-
chondrial fragmentation [162]. On the other hand, the loss
of the OPA1 long isoforms that results in mitochondrial frag-
mentation is also observed during cell death [163, 164].
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Taken together, these findings indicate that the contribution
of mitochondria to cell death is far more complex than orig-
inally appreciated.

9. Complexity of Cytochrome c Release

The MOMP is necessary for apoptogenic factor release. This
permeabilization can result from Bax Bak oligomerization
and translocation at the MOM or from membrane rupture
due to mitochondrial swelling after a lasting episode of per-
meability transition pore (PTP) opening [88, 165]. The mito-
chondrial respiratory chain complexes reside in the cristae
membrane along with ATP synthase dimers, with the latter
found at the tip of the cristae to maintain their curvature
[166], whereas cyt c is found in the cristae space. Interest-
ingly, the narrow cristae junction is maintained by oligomers
of a mixture of long and short isoforms of OPA1 [157].
This indicates that in order for the release of cyt c following
Bax/Bak-dependent MOMP, this cristae junction must be
disrupted. In fact, it was demonstrated that tBID disrupts
OPA1 oligomers in order to trigger the cristae junction
remodeling necessary for the proper release of cyt c [157].
Moreover, cyt c and Endo G are engaged in electrostatic
and hydrophobic interactions with cardiolipins, suggesting
that they must be untethered from the membrane for optimal
release. Interestingly, ROS disrupt these weak bonds to pro-
mote their release upon MOMP [167–169]. In the absence
of caspase activity, cells still die following MOMP induction
although with a slower pace. This is most likely due to the
dissipation of the mitochondrial membrane potential and
the release of endonuclease G and AIF. Interestingly, caspase
3 contributes to the loss of mitochondrial potential following
the cleavage of NDUFS1, leading to the loss of the respira-
tory complex I function, which results in a decrease in
ATP production and increase in ROS production [50]. How-
ever, although the resulting mitochondrial ROS suppress the
immunogenicity of HMGB1 by oxidation, they promote cell
death by oxidizing the released cyt c. In fact, highly glyco-
lytic cells such as neurons and cancer cells have increased
stores of GSH due to the exacerbation of the pentose phos-
phate pathway (PPP). In such cells, following MOMP, cyto-
solic cyt c tends to be reduced, rising the threshold for full
caspase activation [51, 170].

10. New Insight into the Granzyme B
Mitochondrial Pathway

As stated earlier, human GB can directly cleave key cas-
pase substrates, such as BID, ICAD, PARP-1, lamin, NuMa,
DNA-PKc, and tubulin, to activate the mitochondrial and
DNA damage pathways similar to the caspase pathway
[20, 32, 33]. The GB mitochondrial pathway leads to ROS
production and dissipation of the ΔΨm and MOMP,
together with the release of apoptogenic factors such as cyt
c, HtrA2/Omi, endonuclease G, Smac/Diablo, and AIF from
the mitochondrial IMS to the cytosol [29–31, 35, 36, 38–40].
Human GB also induces loss of ΔΨm and release of cyt c in
the presence of caspase inhibitors, and mice deficient for
BID, Bax, and Bak, which are critical for MOMP, are still

sensitive to GB-induced cell death [38, 40, 43, 44], indicating
that human GB can also attack the mitochondria via a differ-
ent mechanism. Although they activate distinct death path-
ways, GA and GB have in common the ability to induce cell
death in a ROS-dependent manner. In fact, we showed that
both GA and GB target the NADH:ubiquinone oxidoreduc-
tase complex I of the electron transport chain by cleaving
the subunits NDUFS3, NDUFV1, and NDUFS2 [25, 171–
173]. Cleavage of complex I subunits leads to a rapid and
robust mitocentric ROS production, loss in complex I, II,
and III activity, disorganization of the respiratory chain,
impaired mitochondrial respiration, and loss of mitochon-
drial cristae junction [25, 171–174]. Interestingly, caspase 3
acts similarly on complex I by cleaving NDUFS1 to induce
ROS-dependent death [50]. Overall, it appears that three dif-
ferent death pathways (GA, GB, and caspase 3) crosstalk at
the level of the mitochondrial respiratory chain complex I
to induce ROS-dependent death. Although GA, GB, and cas-
pase 3 do not have a mitochondrial targeting sequence, they
still penetrate this double-membrane organelle indepen-
dently of the translocase of the outer membrane (TOM40)
and of the inner membrane (TIM23) complexes, which rep-
resent the canonical mitochondrial protein import pathway
to the matrix. Instead, we found that GA, GB, and caspase
3 cross the MOM through the Tob55/Sam50 channels and
the MIM though Tim22 in a mtHSP70-dependent manner
[174]. This mitochondrial entry requires an intact mitochon-
drial membrane potential (Figure 1) [174]. We found that GB
lysine 243 (K243) and arginine 244 (R244) were necessary for
its mitochondrial translocation. Substitution of these two res-
idues to alanine did not alter GB catalytic activity but was
enough to prevent entry of GB into target cell mitochondria
upon delivery by killer cells. Interestingly, preventing GB
entry into the mitochondria, either by K243A/R244A substi-
tution or by silencing Sam50, severely alters the cytotoxicity
of GB [174]. These results clearly indicate that GB must
enter the mitochondria in a process we have coined mito-
chondrial entry of cytotoxic proteases (MECP) for efficient
cell death.

The TOM40-TIM23 complexes are involved in mito-
chondrial biogenesis through their essential role in mito-
chondrial protein import [175–177]. Conceptually, if we
think at the TOM40-TIM23 complexes not only as trans-
locases but also as safe keepers of the mitochondrial
integrity because of their selectivity of the imported pro-
teins, the fact that cytotoxic molecules aimed at destroy-
ing the mitochondria use Tob55/Sam50-Tim22 as a side
door to enter these organelles makes sense (Figure 1).
Notably, both Tob55/Sam50 and Tim22 are dedicated to
the insertion of proteins in the mitochondrial membrane
and were not intended to be used as “translocases”
[178]. It is therefore possible that some mechanistic aspect
of this common function could be hijacked by cytotoxic
molecules. Granzyme mitochondrial entry breaks all the
codes of mitochondrial import, something that could be
expected from proteins aimed at destroying the mitochon-
drial functions for irrevocable cell death. Moreover, block-
ing access of granzyme and caspase 3 to the mitochondria
compromises their ability to induce cell death, suggesting
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that MECP is an unanticipated critical step in ROS-
dependent cell death.

In the case of GB, we have clearly shown that MECP is
independent of MOMP, since it occurs in Bax and Bak
double-knockout cells [88, 171, 174]. Moreover, granzyme
and caspase 3 mitochondrial entry is dependent on the mito-
chondrial membrane potential [171, 174]. The fact that
MOMP depolarizes the mitochondria indicates that MECP
must take place before MOMP or in mitochondria where
MOMP does not occur. Yet we have shown that GB-
mediated ROS potentiates apoptogenic factor release. Our
results suggest that MOMP, although required, could in fact
be the tip of the iceberg. Our data indicate that granzymes
A and B and caspase 3 use SAM50 as a channel translocase

for MECP, and this translocase activity seems sensitive to
SAM50 phosphorylation status, raising the question of how
MECP is regulated. Moreover, GA and GB trigger extensive
mitochondrial fragmentation that could also be ROS-
dependent. We also observed that GB triggers loss of cristae
junction in isolated mitochondria [171]. This interesting
observation fits well with the rout of GB mitochondrial entry.
Indeed, Sam50 interacts with the MICOS complex to main-
tain the architecture of the mitochondrial cristae [112, 113,
179–181]. It is reported that loss of Mic60 or Mic10 results
in a complete loss of cristae junction [112]. Whether upon
exiting the Sam50 channel, GB can alter some of the MICOS
component for the observed loss of cristae junction needs to
be investigated. Moreover, considering the mitochondrial
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Figure 1: Granzymes and caspase 3 enter the mitochondria through the Sam50 channel. Upon recognition of the target cell, the effector cell
vectorially degranulates the cytotoxic granule content into the immunological synapse from where perforin, a pore forming protein, triggers
membrane repair, which results in the internalization and delivery of the granzymes into the target cell cytosol. In the target cell cytosol,
granzymes initiate cell death by cleaving various substrates. Both granzymes and caspase 3 cross the outer and the inner mitochondrial
membrane through the Sam50 and Tim22 channels, respectively. Once in the matrix, granzyme and caspase 3 disrupt the electron
transport chain (ETC) complex I and trigger ROS mediation of cell death.

6 Oxidative Medicine and Cellular Longevity



membrane disruption and cristae opening, BID/Bax/Bak-
dependent MOMP [35, 36, 88, 133] and its consequence,
the actual release of apoptogenic factors as two dependent
steps, the hierarchy of molecular events between MECP,
ROS production, mitochondrial fragmentation, MOMP,
and apoptogenic factor release must be clearly established
for GB. In future studies, this hierarchy of events should
be investigated in order to understand their
interdependence.

The core subunits of mammalian complex I are similar to
those of the elementary bacterial complex I [182]. Therefore,
it is not surprising that granzyme can also cleave bacterial
complex I. As a matter of fact, it was demonstrated that
CTL kill intracellular bacteria following bacterial complex I
disruption. This requires perforin-mediated granulysin and
granzyme delivery into the infected target cell cytosol where
granulysin allows granzyme to cross the bacterial cell wall.
Once in the bacteria, GA and GB disrupt bacterial complex
I subunits and oxidative stress response enzymes such as
SOD and catalase [183]. Interestingly, it was also recently
reported that CTL eradicate protozoan parasites (Trypano-
soma cruzi, Toxoplasma gondii, and Leishmania major)
through perforin-mediated granulysin and granzyme deliv-
ery into parasites for the cleavage of proteins involved in oxi-
dative defense or oxidoreduction reactions (these parasites
do not express a conserved respiratory chain complex I)
[184]. These results further underline the significance of
ROS production and of targeting complex I or ROS-
generating oxidoreductive enzymes for cell death induction,
as it has been clearly showed that these two processes are
conserved across phylum from bacterial to protozoan and
to mammals [171, 173, 183, 184]. GB also induces the death
of nonoxidative bacteria by targeting highly conserved sets of
proteins involved in the biosynthetic and metabolic pathways
that are critical for bacterial survival under diverse environ-
mental conditions [185]. Because mitochondria have a bacte-
rial origin, one can expect granzyme to target similar sets of
the biosynthetic and metabolic mitochondrial pathways, as
it does in bacteria.

GB-induced mitochondrial ROS are necessary for opti-
mal apoptogenic factor release, rapid DNA fragmentation,
and rupture of lysosomal membranes [171, 172]. However,
the mechanisms by which ROS contribute to these hallmarks
of cell death remain incompletely understood. As stated
earlier, cyt c is bound to cardiolipins by both electrostatic
and hydrophobic interactions that are destabilized by ROS
to enable its optimal release from the mitochondria upon
MOMP induction [167, 168]. Similarly, ROS are impli-
cated in the proper release of Endo G from the mitochon-
dria [169]. We found that GB-induced ROS enhanced
apoptogenic factor release. The antioxidant NAC inhibited
P and GB-mediated cyt c, Endo G, and Smac release from
the mitochondria [171]. Overexpression of GB-uncleavable
NDUFV1, NDUFS1, and NDUFS2, which reduced GB-
mediated ROS production, also inhibited GB-induced apop-
togenic factor release; thus, GB induction of mitocentric ROS
promotes apoptogenic factor release upon MOMP. Our
results indicated that the release of apoptogenic factors
requires at least two independent steps—MOMP, which is

BID/Bax/Bak-dependent, and MECP, which is essential for
the increase in ROS necessary to untether the apoptogenic
factors from the cardiolipin to facilitate their release. Another
hallmark of GB-mediated cell death is caspase-activated
DNAse- (CAD-) mediated oligonucleosomal DNA fragmen-
tation [41, 186]. This oligonucleosomal DNA fragmentation
was also reduced by NAC antioxidant treatment and overex-
pression of GB-uncleavable NDUFV1, NDUFS1, and
NDUFS2; thus, ROS production is necessary for GB-
mediated apoptotic DNA damage. This could partly be
explained by the fact that Endo G, the release of which is
ROS-dependent, cooperates with CAD for optimal apoptotic
DNA fragmentation. ROS oxidize DNA to form abasic sites
[70]. It is possible that such oxidative DNA damage facilitates
CAD and Endo G-mediated oligonucleosomal DNA frag-
mentation. It is also possible that the direct effect of the
ROS on the nucleocytoplasmic transport could modulate
the subcellular localization of these apoptotic DNAses in
order to favor karyorrhexis. However, additional studies are
required to test these hypotheses.

We are beginning to understand how ROS contribute to
cell death, and a full understanding of the molecular mecha-
nism(s) by which ROS regulate cell death will require charac-
terization of the molecular targets of ROS. Whether ROS-
dependent death requires nonspecific oxidation of various
macromolecules or of a discrete subset of ROS targets still
needs to be established. Moreover, characterization of the
most effective radical species requires further investigation.
It is likely that secondary radical species play critical roles.
Furthermore, the amounts of ROS needed for irrevocable cell
death induction remain unknown. Lastly, whether ROS from
dying cells can signal to neighboring cells and the role of such
putative paracrine signaling also need to be investigated.

11. Conclusion

The mitochondria serve as a hub for the integration and
amplification of multiple death pathways including that of
GB. We found that, in addition to the canonical BID/Bax/-
Bak-dependent MOMP, GB must enter the mitochondria to
be fully cytotoxic. Mitochondrial entry of GB requires resi-
dues K243 and R244 and is mediated though the Sam50
channel. This new discovery suggests that MECP is an unan-
ticipated novel step in the mitochondrial death pathway.
Our results also suggest that the five human granzymes
accumulate in the mitochondria, and this was clearly dem-
onstrated to be Sam50-dependent for at least GA, GB, and
GM. Finally, our findings indicate that MECP is also neces-
sary for some actions of caspase 3 in mitochondria. In the
future, it will be interesting to test whether other cytotoxic
proteases follow the same path to the heart of the mitochon-
dria to determine the extent to which MECP is conserved
among other cell death pathways.
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Sepsis is one of the most serious health hazards. Current research suggests that the pathogenesis of sepsis is mediated by both
pathogen-associated molecular patterns (PAMPs) and damage-associated molecular patterns (DAMPs). Mitochondria are
among the most important organelles in cells and determine their life and death. A variety of mitochondria-derived DAMPs
(mtDAMPs) are similar to bacteria because mitochondria are derived from bacteria according to the mitochondrial
endosymbiotic theory. Their activated signaling pathways extensively affect organ functions, the immune system, and metabolic
functions in sepsis. In this review, we describe the essential roles of mtDAMPs in sepsis and discuss their research prospects and
clinical importance.

1. Introduction

In recent years, although the mortality rate of patients with
sepsis has decreased significantly due to the improved
technology of life support, the problem of long-term stay in
the intensive care unit (ICU) remains and is on the rise [1].
In 2016, Sepsis 3.0 proposed that sepsis is a life-threatening
organ dysfunction caused by a disordered response to
infections [2]. The definition of sepsis has developed from
a simple inflammatory response to the comprehensive
responses of the body to infections, which reveals the essence
of sepsis and has an importance for future research and treat-
ment. With the improved understanding of pathogenesis, the
inflammatory response of pathogen-associated molecular
patterns (PAMPs) in the body cannot fully explain the
abnormal physiological alterations and multiorgan dysfunc-
tions in sepsis. Therefore, damage-associated molecular
patterns (DAMPs) have received much attention in the
field of sepsis for the past few years [3]. DAMPs can bind
to their associated pattern recognition receptors (PRRs)
and activate a series of inflammatory pathways that

account for the occurrence, development, and outcome of
diseases [4].

Mitochondrial dysfunction seriously affects cell energy
metabolism and releases a large number of components
into the cytosol or extracellular space, resulting in a series
of biochemical reactions, such as apoptosis, necrosis, and
inflammation. According to the endosymbiotic theory of
mitochondria, mitochondria may have originated from
energy-producing bacteria [5]. Thus, mitochondria-derived
DAMPs (mtDAMPs) and PAMPs have many similarities [6].

The complex immune responses triggered by mtDAMPs,
including cytokine storms and immunosuppression, mediate
the pathophysiological process of sepsis (Figure 1). Our
recent findings demonstrate that plasma mtDAMP levels
are associated with sepsis, multiorgan dysfunction syndrome
(MODS), and death in patients with intra-abdominal infec-
tion caused by severe abdominal trauma. The level of
mtDAMPs in urine can identify acute kidney injury [7] and
provide the basis for initiation of renal replacement therapy
[8]. We have confirmed that escaped mtDNA [9] and ATP
[10] deteriorate the intestinal hemostasis in sepsis, and
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destruction of the intestinal barrier probably initiates the
MODS. Here, we review the role of mtDAMPs in the patho-
genesis of sepsis and discuss their prospects for future
research on sepsis and their clinical application.

2. mtDNA

In all types of sepsis-related mtDAMPs, mtDNA has been
widely investigated, but our understanding of it is still
incomplete [11]. Here, we discuss the role of mtDNA in a
more in-depth way, not limited to the purely inflammatory
injury effect.

Many clinical studies have shown that mtDNA is impor-
tant for the prognosis of sepsis [12–14]. Our team has dem-
onstrated that among patients with abdominal infections
caused by severe abdominal trauma, plasma mtDNA content
in those who have died is significantly higher than those of
survivors [8]. We have also demonstrated in animal cecal
ligation and puncture (CLP) models that elevated mtDNA
levels in urine are associated with mitochondrial dysfunction
and renal injury [7]. mtDNA in urine of critically ill patients
is negatively related to the glomerular filtration rate, suggest-
ing that mtDNA in urine is an effective biomarker for
predicting acute kidney injury and hospitalization mortality
in sepsis and provides a basis for initiation of continuous
renal replacement therapy [15]. Bhagirath et al. [16] demon-
strated that mtDNA in plasma of sepsis patients was 50 times
higher than that in a healthy control group. In addition, high
concentration of mtDNA can promote amplification of
inflammatory response by delaying apoptosis of neutrophils.
Lubkin et al. [17] assessed studies published between 1971
and 2017 that measured extracellular mtDNA in acutely ill
patients. They concluded that elevated mtDNA has clinical

value for risk prediction and clinical decision support sys-
tems in critically ill patients.

Picca et al. [18] have suggested that mtDNA promotes
skeletal muscle catabolism through cGAS- (cyclic guano-
sine monophosphate-adenosine monophosphate synthase-)
STING (stimulator of interferon genes), Toll-like receptor
(TLR) 9, NOD-like receptor family, pyrin domain-
containing protein 3 (NLRP3), and other pathways.
Inflammatory responses mediated by interleukin- (IL-) 6
and tumor necrosis factor (TNF) have long been considered
important mechanisms of skeletal muscle decomposition,
and mtDNA can induce the production of relevant inflam-
matory factors through multiple signaling pathways [19].
mtDNA may be one of the causes of muscular atrophy and
weakness in sepsis [20].

The elimination of mtDNA may be an effective means
to improve the immune function of patients with sepsis.
Martinez-Quinones et al. [21] observed in the pilot study that
abdominal cavity irrigation could reduce the concentration of
ND6 (a kind of mtDAMPs) in peritoneal fluid of open abdo-
men patients. However, peritoneal lavage does not reduce the
level of mtDNA in the abdominal cavity. They have specu-
lated that this might be related to degradation of mtDNA
by DNase in the abdominal cavity. However, that research
had the drawbacks of too small sample size (n = 10) and a
low level of evidence (level of evidence: prospective study,
case series, level V). mtDNA is closely related to the progno-
sis of critically ill patients, especially sepsis patients, and may
be an effective biological marker to determine the prognosis
of critically ill patients. Removing mtDNA may be an effec-
tive means to protect important organs in sepsis.

2.1. TLR9. TLR9 is the most classical recognition receptor of
mtDNA [22, 23]. Previous studies have shown that mtDNA
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Figure 1: Overview of mtDAMPs in sepsis.
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causes serious damage to the lungs [23] and kidneys [24] via
TLR9 in sepsis. Recent studies have updated our understand-
ing of TLR9. Hotz et al. [25] demonstrated that red blood
cells can bind to mtDNA homeostatically through TLR9 to
scavenge it, thereby alleviating pulmonary inflammation in
sepsis. This is contrary to the traditional view that TLR9 is
an important injury factor in sepsis. Therefore, in the study
of sepsis, we should also focus on the dual roles of this
receptor. Traditionally, the pathophysiological mechanism
of sepsis has been considered to be excessive systemic
inflammatory responses followed by immunosuppression.
However, recent studies have suggested that inflammation
and immunosuppression may occur simultaneously, and
immunosuppression is not an overcompensation for inflam-
mation [26]. mtDAMPsmay be the key to both inflammation
and immunosuppression [27]. The spleen (an important
immune organ) in patients with sepsis is severely damaged,
and its tissue structure is destroyed. CD8+ dendritic cells in
the spleen are significantly reduced, and the expression level
of soluble programmed death ligand 1, an immunosuppres-
sive factor, is significantly increased [28]. When TLR9 is
knocked out, the above immune function damage is signifi-
cantly alleviated [29], while activation of TLR9 is associated
with apoptosis of spleen cells [11]. Immune paralysis in sepsis
may be triggered by activation of TLR9 by mtDNA.

2.2. cGAS-STING. mtDNA-recognized cGAS-STING has
attracted extensive attention since it came into researchers’
sight and has become a star pathway in the field of immunity
[30–32]. We believe that interferon- (IFN-) I response
induced by the cGAS-STING pathway can lead to increased
inflammation, apoptosis, necroptosis, and pyroptosis [33].
Damage to autophagy, which has been shown to protect
against multiple organ damage in animal models of sepsis,
may result in aberrant activation of STING signaling, leading
to uncontrolled inflammation and cell death [33]. Discovery
of the cGAS-STING signaling pathway opens up a new route
for the study of the sepsis mechanism and further emphasizes
the crucial role of mtDNA in sepsis.

The chemical nature of cGAS, which can produce endog-
enous CDN: 2′-3′cyclic AMP-GMP (cGAMP), is nucleic
acid transferase. cGAMP induces the STING expression,
and STING then recruits tank-binding kinase (TBK) 1 to
activate IFN regulatory factor (IRF) 3 and induce the expres-
sion of IFN-I and other IFN-stimulated genes. In the pres-
ence of IκB kinase (IKK), STING phosphorylates IκB and
releases it from nuclear factor- (NF-) κB. NF-κB is activated
from an inhibitory state and is translocated into the nucleus
to generate inflammatory factors such as TNF-α and IL-1β
[34]. Zhou et al. [35] have demonstrated that levels of
cGAMP synthesis are related to stimulation of its DNA
structure. Enhanced DNA-length specificity restrains human
cGAS activation.

Activation of cGAS-STING is believed to strengthen the
antitumor immune response and inhibit tumor growth
[36, 37]. However, the role of cGAS-STING in sepsis is
controversial. Zeng et al. [38] have proposed anaplastic
lymphoma kinase (ALK) as a new therapeutic target for
sepsis. ALK, which is abundantly expressed in human and

murine monocytes and macrophages, directly interacts
with epidermal growth factor receptor to trigger serine-
threonine protein kinase AKT phosphorylation and activate
IRF3 and NF-κB signaling pathways, enabling STING-
dependent rigorous inflammatory responses.However, Blasco
et al. [39] have argued that nodetectable expression of theALK
receptor is found in mouse and human monocytes and mac-
rophages; thus, replication studies are needed. In this part,
cGAS-STING regulates the immune responses to mtDNA,
and its resulting effect in sepsis remains further investigated.

2.3. NLRP3 Inflammasome. NLRP3 inflammasome, consist-
ing of NLRP3, apoptosis-associated speck-like protein
(ASC), and caspase-1, is a member of the NOD-like receptor
(NLR) family [40]. Excessive mitochondrial reactive oxygen
species (ROS) lead to changes in mitochondrial membrane
potential and permeability, which lead to decoupling of the
mitochondrial electron transport chain to produce more
ROS in turn [40–42]. Mitochondrial damage promotes the
release of mtDNA into the cytoplasm, consequently acti-
vating NLRP3 inflammasome and upregulating IL-1β and
IL-18 inflammatory factors by caspase-1 [43, 44]. Although
the NLRP3 inflammasome is believed to play a central role
in numerous inflammatory, immune, and metabolic diseases,
the mechanism that controls its activation is poorly under-
stood. Recent studies have further revealed the activation
process of NLRP3. Zhong et al. [45] have confirmed that
new mtDNA synthesis is a key step in NLRP3 activation.
Expression of CMPK2, a rate-limiting enzyme for de novo
mtDNAsynthesis, is inducedbyTLR4/myeloiddifferentiation
primary response 88 (MyD88)/IRF1 or TLR4/TIR-domain-
containing adapter-inducing interferon-β (TRIF)/IRF1
signaling. CMPK2-dependent mtDNA synthesis is neces-
sary for the production of oxidized mtDNA fragments.
Oxidative mtDNA can directly bind to NLRP3 to activate
the multiprotein complexes [46]. MtDNA may play a posi-
tive feedback regulatory role in the activation of the NLRP3
inflammasome. NLRP3 is recruited to the dispersed trans-
Golgi network, which serves as a scaffold for NLRP3 aggrega-
tion into multiple puncta, leading to polymerization of the
adaptor protein ASC [47]. Volt et al. [48] have demonstrated
that activation of the NLRP3 inflammasome increases sus-
ceptibility to sepsis in aged mice. Melatonin administration
can relieve mitochondrial damage and inflammation in
sepsis and enhance mitochondrial function in nonseptic aged
mice. The treatment of elderly sepsis patients has always been
one of the difficult problems for ICU physicians, and Volt’s
work provides a new approach for this problem.

3. mtRNA

Like nuclear DNA, mtDNA can be transcribed into mtRNA.
Dhir et al. [49] have shown that there is a highly unstable
native mitochondrial double-stranded RNA (dsRNA) species
at a single-cell level, which can be degraded by polynucle-
otide phosphorylase, such as PNPase. PNPase is located
in the mitochondrial intermembrane space and has the
dual regulatory effect of preventing the formation and
release of mitochondrial dsRNA. When PNPase is deficient,
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mitochondrial dsRNA is produced in large quantities and
accumulates in the cytosol. Retinoic acid-inducible gene-
(RIG-) I detects dsRNA and activates the transcription fac-
tors NF-κB and IRF3 through the mitochondrial protein
mitochondrial antiviral signaling protein (MAVS) [50].
Kruger et al. [51] have demonstrated that mitochondrial
dsRNA can also be identified by TLR8, relying on the
MyD88 signal transduction pathway. TLR8 can also partici-
pate in the regulation of cell proliferation, differentiation,
and apoptosis via the mitogen-activated protein kinase
(MAPK) signaling pathway [52]. Synergistic effects exist
between multiple receptors, and different mtDAMPs are
released simultaneously, leading to stronger signal pathway
activation. RIG-I and STING recognize RNA and DNA,
respectively, but the downstream of their signaling pathways
is correlated. Cheng et al. [53] have demonstrated that
activation of this RNA-sensing pathway requires prior
STING activation and works synergistically with the DNA-
sensing pathway to induce an immune response during
Mycobacterium tuberculosis infections. Nazmi et al. [54] have
proved that RIG-I binds to Japanese encephalitis virus RNA
and then synergizes with STING to induce expression of
IFN-I, thus leading to antiviral activity. Knockdown of
STING decreased the expressions of various inflammatory
signaling molecules and increased the intracellular viral load.
This also partly explains the synergistic effect between cGAS
and TLR4 observed in the past [55]. IFN-I has been approved
for treatment of a variety of virus-related diseases since the
last century, but its role in sepsis has been controversial.
IFN-I inhibits production of pro-IL-1β and cleavage of
pro-IL-1β into mature IL-1β, ultimately inhibiting secretion
of IL-1β by blocking the activity of inflammasomes [56]. In
addition, the increase of IFN-I downregulates expression of
IFN-γ receptor IFNGR1 in the form of negative feedback,
thus inhibiting expression of IFN-γ-induced MHC II mole-
cules [57]. However, Dejager et al. [58] have shown that in
sepsis, IFN-I inhibits accumulation of neutrophils to
inflammatory sites by inhibiting the chemokine KC,
thereby increasing the risk of sepsis mortality. Inhibition
of IFN-I signaling pathways such as RIG-I/MAVS/IFN-I
and cGAS/STING/IFN-I may become new effective thera-
peutic targets for sepsis. This also proves that mtDAMPs
work synergetically, and the release of multiple mtDAMPs
may cause greater damage.

4. Cytochrome c

Cytochrome c, a small hemeprotein, is an essential compo-
nent of the electron transport chain. Cytochrome c is located
in the gap between the inner and outer mitochondrial
membranes and binds to the inner membrane [59]. In the
cytoplasm, cytochrome c is involved in the formation of
apoptosomes which induce cell apoptosis. If cytochrome c
migrates from the cytoplasm into the extracellular space or
circulation, it may trigger inflammatory reactions. However,
no clear PRR of cytochrome c has been identified, which is
the focus of future research on cytochrome c. Sepsis often
develops into MODS [60]. Clinical studies have shown that
the level of cytochrome c in plasma or urine can be used as

a biomarker for heart [61], liver [62], kidney [63], and other
important organ damages. Andersen et al. [64] showed that
the level of cytochrome c in plasma of patients with septic
shock is significantly higher than that in healthy controls.
They also observed a positive correlation between the level
of cytochrome c upon admission and the level of lactic acid,
which is a well-acknowledged biomarker of tissue hypoperfu-
sion [65]. In addition, sepsis nonsurvivors had higher cyto-
chrome c levels than survivors [64]. Eleftheriadis et al. [66]
have demonstrated that plasma cytochrome c and IL-6 levels
in patients after hemodialysis are significantly increased and
positively correlated. Because cytochrome c is located in the
mitochondrial membrane gap, it also can serve as an effective
biological marker of mitochondrial damage. However, the
quality and quantity of clinical studies on cytochrome c in
sepsis are insufficient; therefore, the clinical importance of
cytochrome c remains to be further studied.

5. Succinate

Succinate is an important metabolite in the tricarboxylic acid
cycle. Succinate is both an important participant in energy
metabolism and an mtDAMP, playing an important role in
the inflammatory response. Succinate can bind to G
protein-coupled receptor (GPR) 91 to achieve signal trans-
duction. GPR91 is highly expressed on the surface of
dendritic cells and plays an important role in diseases of adi-
pose tissue, liver, immune system, retina, and kidney, but its
signal cascade is not clear [67]. He et al. [68] have demon-
strated that succinate can stimulate GPR91 and lead to accu-
mulation of inositol triphosphate, calcium mobilization, and
extracellular signal regulation kinase (ERK) phosphorylation.
Succinate induces themigration of dendritic cells and cooper-
ates with TLR ligands to produce proinflammatory cytokines.
In addition, succinate enhances dendritic cell-mediated T cell
activation, thereby enhancing the cellular immune response
[67]. Tannahill et al. [69] have demonstrated that after the
release of succinate from mitochondria into the cytoplasm,
succinate can stabilize the hypoxia-inducible factor 1α, which
directly leads to an increase of the transcription level of IL-1β
mRNA. Upon LPS stimulation, the major metabolism of
bone marrow-derived macrophages can be transformed from
oxidative phosphorylation to glycolysis (Warburg effect),
which increases the accumulation of succinate and is detri-
mental to the outcome of sepsis. In fact, some scholars believe
that the reverseWarburg effect may improve the prognosis of
sepsis [70]. Bakalov et al. [71] used nuclear magnetic reso-
nance to explore metabolomics in a new survival model of
sepsis inDrosophila melanogaster to determine the metabolic
spectrum. Sepsis survivors had a metabolic signature charac-
terized by decreased succinate. Lactic acid is one of the impor-
tant products of glycolysis, so high plasma lactic acid level is
considered to be an important indicator of poor prognosis
of sepsis. Piel et al. [72] have identified a novel cell-
permeable succinate prodrug (NV118) that can attenuate
lactate production. NV118 releases succinate that enters the
Krebs cycle to enable ATP production via oxidative phos-
phorylation [73]. Protti et al. [74] have demonstrated that
ex vivo mitochondrial oxygen consumption is improved by
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succinate in skeletal muscle taken from septic rats. Energy
metabolism and immune regulation of the body are impor-
tant factors to determine the outcome of sepsis. The long-
term substitution of glycolysis for oxidative phosphorylation
is one of the signs of poor prognosis of sepsis. Succinate is
involved in both physiological processes, so it is important
to clarify the role of succinate in sepsis. Chapela et al. [75]
have demonstrated that parenteral succinate can reduce pro-
duction of systemic ROS in septic rats, which can potentially
damage cells and destroy tissue. However, the level of creat-
inine, which reflects renal functions, was not reduced with
the administration of succinate in this study. The correla-
tion between systemic ROS levels and creatinine was not
identified. The study of succinate may open a new way for
the treatment of sepsis in the future. More robust clinical
trials are needed in the future to identify the role of succinate
in sepsis.

6. Cardiolipin (CL)

CL is a phospholipid dimer formed by glycerol that connects
two phosphatidyl residues on the mitochondrial inner mem-
brane. At present, pulmonary infection is still the most com-
mon source of sepsis. Therefore, it is important to reveal the
mechanism of lung injury in infection for the prevention and
treatment of sepsis. Ray et al. [76] found high levels of CL in
the lung fluid of patients with bacterial pneumonia and mice.
They further demonstrated that CL antagonized surfactant
functions, resulting in high-tension pulmonary edema on
the lung surface. In addition, CL can also reduce the activity
of alveolar epithelial cells. Atp8b1 is a P-type ATPase trans-
membrane lipid pump. Atp8b1 bound and internalized CL
from extracellular fluid via a basic-residue-enriched motif.
Administration of a peptide encompassing the cardiolipin-
binding motif or Atp8b1 gene transfer in mice lessened
bacteria-induced lung injury and improved survival. Thus,
excess CL in pulmonary fluid has a harmful role in bacterial
pneumonia, and Atp8b1 can reduce tissue damage in inflam-
mation by transferring CL into cells. Iyer et al. [77] identified
a NLRP3 agonist that can activate NLRP3 without mass pro-
duction of ROS. They showed that mitochondrial CL binds
directly to NLRP3 and activates the NLRP3 inflammasome.
Dieude et al. [78] have found that CL can stimulate γδT cells
in the spleen and liver of healthy mice to rapidly secrete cyto-
kines such as IFN-γ and RANTES. CD1d is considered to be
an effective recognition receptor of CL, and blocking the
binding of CL to CD1d and preventing damage of the lung,
liver, and spleen may be an effective means to prevent sepsis
from developing into MODS.

7. N-Formyl Peptides (NFPs)

NFPs are the earliest known leukocyte chemical peptides.
Zhang et al. [79] have demonstrated that NFPs play a crucial
role in SIRS. By activating formyl peptide receptor- (FPR-) 1,
NFP promotes calcium influx and phosphorylation of MAPK
in polymorphonuclear neutrophils (PMNs), thereby activat-
ing human PMNs to release matrix metalloproteinase-8
and IL-8 (a potent chemokine). Acute respiratory distress

syndrome (ARDS) is a pulmonary disease characterized by
intractable hypoxemia. It is one of the most common compli-
cations of sepsis and one of the most difficult problems in the
treatment of sepsis. Dorward et al. [80] have revealed that the
mitochondrial NFP-FPR1 signal is a key driver of aseptic
acute lung injury and potential therapeutic target for ARDS.
By activating FPR1, which is expressed in alveolar epithelial
cells, NFPs activate neutrophils and then cause them to
migrate into the lung, leading to severe lung injury. This lung
injury is significantly relieved when FPR1 is pharmacologi-
cally blocked. Wenceslau et al. [81] have found in a rat model
of hemorrhagic shock that NFPs can cause lung injury by
increasing the expression of neutrophil elastase in the lungs,
and inducible nitric oxide synthase and cell division control
protein 42 in the airways. They have also observed that con-
traction of the trachea and bronchi caused by NFPs is
concentration-dependent. Martinez-Quinones et al. hypoth-
esized that increased frequency of peritoneal cavity lavage
may reduce the risk of SIRS via decreasing the levels of
mtDAMPs according to their pilot study [21]. Based on
Martinez’s finding, we suggest that more studies are needed
to determine the role of extracellular NFPs in SIRS and their
possible clinical applications.

8. ATP

Mitochondria are the main sites of oxidative phosphoryla-
tion, which is the main process of ATP production [82].
Extracellular ATP (eATP) induces a series of immune
responses and participates in the regulation of a variety of
cellular functions [83]. Burnstock and Kennedy [84] named
ATP-recognizing receptors as purinoceptor. Among them,
the type P2 receptor has received extensive attention and is
divided into P2X and P2Y according to the nature of its
receptor (P2Y GPRs and P2X ligand-gated ion channels).
eATP can activate multiple pathways such as phospholipase
A2, phospholipase D, MAPK, and NF-κB, induce the pro-
duction and release of mature IL-1β, IL-6, and TNF-α, and
participate in the pathogenesis of inflammatory diseases.
Activation of calcium-dependent phosphatase/T cell activa-
tion of nuclear factor of activated T cells leads to the synthesis
of proinflammatory factors such as cyclooxygenase-2 and
inducible nitric oxide synthase [85]. In addition, ATP is
recognized by P2Y2 receptors on monocytes and induces its
recruitment to apoptosis sites [86]. Cauwels et al. [87] have
demonstrated that systematic clearance of eATP by apyrase
prevents accumulation of IL-1β and production of TNF-α,
IL-10, and other cytokines. The intestinal tract is considered
to be the driver of MODS in sepsis, and intestinal barrier
destruction is an important factor. Our research has
previously [10] shown that in a mouse sepsis model, intra-
peritoneal injection of P2X7R antagonist A740003 inhibits
activation of the ERK/NF-κB pathway of M1 macrophages
in the intestinal tract, alleviates intestinal barrier damage,
and reduces mortality. Arulkumaran et al. [88] have demon-
strated that selective P2X7 receptor antagonist A438079 sig-
nificantly improves systemic inflammatory response and
renal dysfunction in sepsis. IL-1β levels in kidneys of
A438079-treated animals are significantly lower than those
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of untreated animals. In addition, ATP can activate NLRP3
inflammasomes by promoting K+ outflow [89]. In sepsis,
hepatic eATP activates P2X7 receptors, leading to sepsis-
related liver injury [90]. The chemical blockade of P2X7
extensively prevents tissue damage, apoptosis, cytokine pro-
duction, and activation of inflammatory signaling pathways
in the liver caused by sepsis. CD39 (ENTPD1) scavenges
eATP to produce adenosine, which limits P2X7 activation
and leads to A2A receptor excitation [91, 92]. Savio et al.
[93] have shown that the expression of CD39 inmacrophages
limits the proinflammatory signal of ATP-P2X7 receptor,
and CD39 gene deletion aggravates experimental liver injury
caused by sepsis.

However, Ho et al. [94] have suggested that ATP-
triggered inflammatory responses in sepsis are not entirely
harmful. They have found that there is a factor in the plasma
of sepsis patients that can inhibit activation of ATP-
dependent inflammatory pathways, thereby significantly
inhibiting production of IL-1β in THP-1 cells, leading to
immune paralysis. Csoka et al. [95] have shown that activa-
tion of ATP-dependent P2X4 receptors in macrophages
helps to kill bacteria and avoids organ damage caused by
sepsis. The allosteric activator of P2X4 receptor ivermectin
can prevent the spread and death of bacteria in sepsis. Is
ATP an angel or a devil in sepsis? This is the problem that
not only ATP but also all mtDAMPs have to face. Therefore,
the study of mtDAMPs cannot be limited to one effect
caused by one receptor or one signaling pathway. It is neces-
sary to evaluate the comprehensive effect of mtDAMPs
in vivo.

9. Mitochondrial Transcription Factor (TFAM)

TFAM is closely bound to mtDNA under physiological
conditions, which helps to stabilize the normal structure
of mtDNA. When the mitochondria are damaged, TFAM
and mtDNA are released into the cytoplasm together
[96]. Julian et al. [97] have demonstrated that TFAM pro-
motes the TNF-α release via RAGE- and TLR9-responsive
plasmacytoid dendritic cells in the spleen. Chaung et al.
[98] have demonstrated that the plasma TFAM level is sig-
nificantly increased in patients with hemorrhagic shock,
and TFAM could promote the release of inflammatory
factors such as IL-6 and TNF-α. West et al. [99] have sug-
gested that TFAM has an important role in maintaining
the stability of mtDNA. When TFAM is deficient, the sta-
bility of mtDNA is disrupted, and it escapes into the
cytoplasm, where the mtDNA activates the cGAS/-
STING/IFN-I signaling pathway. In summary, TFAM, as
an important mtDAMP, plays a dual role in the activation
of signaling pathways: on the one hand, TFAM can prevent
the release of mtDNA into the cytoplasm and activate cGAS
and other nucleic acid receptors; on the other hand, TFAM
itself, as a DAMP, can amplify the inflammatory response
and cause damage to important organs. Therefore, the syner-
gistic effect of TFAM and mtDNA should be further studied.
The independent effect of TFAM in sepsis also should be
further clarified.

10. Conclusion

mtDAMPs play an important role in the development of
sepsis. On the one hand, cytokine-induced inflammatory
response protects the body against PAMPs. On the other
hand, excessive inflammatory reactions (such as SIRS) and
disorders of the immune system (such as immune paralysis)
can seriously damage the organ function of the body, leading
to the occurrence, aggravation, and even progression of
sepsis to MODS and death. In addition, mtDAMP-
mediated signaling pathway activation can further damage
mitochondria and leads to more mtDAMP release, which is
a vicious circle. Interrupting this cycle by the antagonism of
these mtDAMP-related receptors and inflammasomes is
hopefully an important target in the prevention and treat-
ment of sepsis.
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Mitochondrial permeability transition pore (PTP), a (patho)physiological phenomenon discovered over 40 years ago, is still not
completely understood. PTP activation results in a formation of a nonspecific channel within the inner mitochondrial
membrane with an exclusion size of 1.5 kDa. PTP openings can be transient and are thought to serve a physiological role to
allow quick Ca2+ release and/or metabolite exchange between mitochondrial matrix and cytosol or long-lasting openings that
are associated with pathological conditions. While matrix Ca2+ and oxidative stress are crucial in its activation, the consequence
of prolonged PTP opening is dissipation of the inner mitochondrial membrane potential, cessation of ATP synthesis,
bioenergetic crisis, and cell death—a primary characteristic of mitochondrial disorders. PTP involvement in mitochondrial and
cellular demise in a variety of disease paradigms has been long appreciated, yet the exact molecular entity of the PTP and the
development of potent and specific PTP inhibitors remain areas of active investigation. In this review, we will (i) summarize
recent advances made in elucidating the molecular nature of the PTP focusing on evidence pointing to mitochondrial FoF1-ATP
synthase, (ii) summarize studies aimed at discovering novel PTP inhibitors, and (iii) review data supporting compromised PTP
activity in specific mitochondrial diseases.

1. Introduction

Situated in the cytoplasm of eukaryotic cells, mitochondria
are essential for normal cell function. Notably, these
dynamic, double membrane structures gained considerable
attention in recent years due to their role in Ca2+ homeosta-
sis, interorganelle communication, cell proliferation, and
senescence, as well as the orchestration of various signaling
pathways some of which determine cell commitment to
death or survival [1]. Most importantly, their vital function
in cell physiology is by providing the cell with energy in the
form of ATP through oxidative phosphorylation (OXPHOS).
The latter, taking place in the inner mitochondrial mem-
brane (IMM), is composed of respiratory chain complexes
I–IV and FoF1-ATP synthase (ATP synthase). The OXPHOS
allows for ~30 molecules of ATP to be made per one mole-
cule of glucose or 15 times more than by glycolysis.

Mitochondria also contain their own genome which
encodes proteins essential for OXPHOS function. Maternally

transmitted human mitochondrial DNA (mtDNA) is circu-
lar, double-stranded helix which encodes 22 transfer RNAs,
2 ribosomal RNAs, and 13 core proteins that assemble in
and determine the efficiency of all but succinate dehydroge-
nase (complex II) complexes of respiratory chain. Its copy
number varies between cell type and developmental stage
and lies between 103 and 104 per cell to meet the energy
requirements of any specific cell type at a given time. In
healthy humans, mtDNA population was initially thought
to be uniform or homoplasmic, although recent studies sug-
gest that this is only true for ~10% of individuals [2]. Upon
cell division, mtDNA replicates and mitochondria are ran-
domly segregated between daughter cells. Consequently,
mutations in the mitochondrial genome give rise to hetero-
plasmy where normal and mutant mtDNA populations coex-
ist resulting in genetic drift toward either pure mutant or wild
type [3]. Over time, the percentage of mutant alleles may
increase leading to decline in bioenergetic capacity. Once
the threshold is reached, mitochondria fail to make enough
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energy and symptoms appear. Over 200 [4] debilitating, life-
threatening, and therapeutically challenging diseases, termed
mitochondrial diseases, have been linked to mutations in
both mtDNA and nuclear DNA encoding for mitochond-
rially localized proteins. Major difficulties, first diagnosing
the disease and then providing a treatment, lie in the com-
plexity and heterogeneity of these disorders both in terms
of genetic variation and clinical phenotypes. Yet, they all
share a common element—decreased energy supply as a
consequence of mitochondrial dysfunction. Within this
group of disorders, commonly observed mitochondrial
abnormalities include mitochondrial network fragmentation
[5, 6], decreased OXPHOS capacity [7], increased reactive
oxygen species (ROS) [8–10], andCa2+deregulation and alter-
ations in mitochondrial ultrastructure [11–15]. All of these
features are consistent with impaired regulation of the mito-
chondrial permeability transition pore (PTP), a conserved
physiological process in mitochondria of all eukaryotes.

2. The Enigma of the Mitochondrial
Permeability Transition

The PTP is a cyclosporine A- (CsA-) sensitive high-
conductance channel in the IMM which is triggered by
Ca2+ and potentiated by ROS. Once activated, it allows for
unselective diffusion of <1500Da solutes and water across
the IMM. Two states of channel openings have been identi-
fied: short in duration, so-called flickering, and long-lasting
openings. The former are thought to serve a physiological
role by allowing for a quick exchange of solutes (e.g., Ca2+,
oxygen radicals) between the mitochondrial matrix and the
cytosol required for signaling [16]. Long-lasting openings
result in mitochondrial depolarization, ATP consumption
rather than generation in attempt to maintain IMM potential
[17], burst in ROS, impaired cellular Ca2+ homeostasis, mito-
chondrial swelling, and release of proapoptotic factors into
the cytosol to initiate cell death [18]. Thus, the openings of
long duration are detrimental to mitochondria and mark
the point of no return in cell life and death.

While the great deal of information has been collected
about the regulation of the PTP (see [18–21]), its exact struc-
tural components remain the province of further experimen-
tation. The initial belief that the PTP forms at the adjoining
sites of the IMM and outer mitochondrial membrane
(OMM) through association of a variety of proteins (e.g.,
VDAC, TSPO, and adenine nucleotide transporter (ANT)
[22–24] among others) in each membrane has not been sup-
ported by rigorous genetic tests [25–28]; mitochondria miss-
ing these proteins still displayed a CsA-sensitive PTP
opening (see [18] for extensive review). These findings
prompted a multidisciplinary resurgence in the quest for
the identification of the proteins that form the regulated
channel defined as the PTP.

2.1. ATP Synthase as a Structural Component of the PTP. It
is important to recognize that the PTP is exclusively an
IMM event [23, 29]. Consequently, recent studies suggest
that ATP synthase forms the long-sought PTP [30–35],
but exact molecular mechanism of pore formation within

the IMM or ATP synthase specifically has yet to be estab-
lished. Mitochondrial ATP synthase is evolutionary con-
served enzyme of the IMM, whose main function is to make
ATP from ADP and phosphate. This multisubunit complex
is made of 17 different proteins that are assembled into two
main domains, the membrane extrinsic catalytic sector F1
(formed by subunits α and β, three copies each) and mem-
brane intrinsic proton-conducting sector Fo (made of sub-
units c, which in mammals forms an 8-member ring, a, and
supernumerary subunits e, f, g, A6L, DAPIT, and 6.8PL)
[36, 37]. They are connected through central and peripheral
stalks comprised of subunits γ, δ, and ε and subunits b, d,
F6, and OSCP respectively [36, 38]. Two approaches to
manipulate ATP synthase have been employed to test this
theory, and two major hypotheses on the role of this complex
of proteins in PTP formation have emerged in the last 5 years
(discussed below).

2.1.1. Dimer Hypothesis. The first hypothesis proposes that
PTP is formed by PTP-specific conformation of dimers of
ATP synthase when it shifts from ATP-synthetizing to
ATP-dissipating nanomachine, the “dimer” hypothesis. In a
seminal work, Giorgio and colleagues [30] have demon-
strated that purified bovine ATP synthase dimers, but not
monomers, can conduct currents when inserted into planar
lipid bilayers which are activated by Ca2+ and oxidizing
agents. These currents were closed upon addition of
ADP/Mg2+ (established PTP desensitizers) and correlated
well with the currents observed in patch clamped IMM
preparations (mitoplasts) attributed to mitochondrial mega
channel (MMC), an electrophysiological equivalent of the
PTP [39, 40]. These findings were later supported by similar
studies in yeast and Drosophila [31–33]. Interestingly, even
though channel activities of ATP synthase dimers were
observed in all species tested and possessed the same regula-
tory pattern (i.e., were activated by Ca2+ plus thiol oxidants
and inactivated by ADP/Mg2+), their maximum conduc-
tance state differed, varying from 1ns to 300 ps to 53ps in
B. taurus, S. cerevisiae, and D. melanogaster, respectively
[30–32]. These results imply that the pore diameter may
vary between species.

The “dimer” hypothesis was further endorsed by studies
of yeast PTP in strains lacking ATP synthase dimerization
subunits e and g. These mitochondria could handle about
twice as much Ca2+ compared to wild-type preparations
before the yeast PTP occurred [31] and do not swell in
sucrose-based media upon PTP opening [33]. Further,
Carraro et al. have demonstrated that in contrast to what
was previously believed, dimers are still present in mutant
mitochondria. They are less stable, however, and require
crosslinking with Cu2+ to be detectable by BN-PAGE [33];
thus, they were missed in previous studies [31]. In support
of these findings, the cryo-EM structure of yeast ATP syn-
thase dimer revealed that subunits e and g do not directly
participate in dimer formation, but rather facilitate it through
contacts with subunits b and f [41]. Interestingly, when put in
planar lipid bilayers, Cu2+-stabilized dimers devoid of sub-
units e and g conducted Ca2+-dependent channel activity,
yet with 10-fold lower currents than controls. These currents
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could be further reduced by eliminating the first transmem-
brane domain of subunit b [33]. Thus, the full conductance
channels might reflect the long-lasting PTP openings that
result in mitochondria demise, while the low conductance
channels observed above could well reflect the flickering state
of the PTP with distinct physiological roles, e.g., a quick Ca2+

release as observed in Drosophila [32].

2.1.2. c-Ring Hypothesis. An alternative or “c-ring” hypothe-
sis has been the subject of much controversy. This hypothesis
is primarily advocated by Bonora’s group [35, 42, 43] and
supported by findings gathered by Alavian et al. [44] and
Azarashvili et al. [45]. It proposes that the central component
of the PTP is constituted by the c subunit of the ATP syn-
thase. In HeLa cells, interference with c subunit expression
levels has resulted in a change in PTP opening probability.
While downregulation caused its desensitization, overex-
pression resulted in sensitization [43, 44]. Moreover, when
purified c subunits were added to isolated mitochondria,
excess c subunit induced the PTP, and when added to
bilayer membranes, conducted currents that were cation
selective [45] rather than showing lack of selectivity nor-
mally associated with PTP function [46, 47]. An additional
study [44] detected PTP resembling currents upon c subunit
incorporation into proteoliposomes. In support of c-ring
being an important player in PTP formation, Morciano
et al. discovered 1,3,8-triazaspiro[4.5]decane derivatives as
ligands of c subunit. These molecules delayed PTP opening
upon Ca2+ overload and were protective in ex vivo models
of ischemia-reperfusion injury [48].

Mechanistically, supporters of this model propose that,
upon excess Ca2+ and ROS, dissociation (rather than associ-
ation as suggested in “dimer” hypothesis) of dimers and
detachment of F1 sector would allow for conformational
change of c-ring which would then form the PTP [42]. The
major issue with “c-ring” hypothesis is that significant struc-
tural alterations have to occur upon relatively modest change
in the surrounding environment; they need to be quick and
reversible. First, F1 sector would need to be removed from
Fo, and second, the lumen of c-ring would have to be emptied
of lipids to allow the passage of molecules upon PTP opening.
Neither is an easy task. Indeed, it was experimentally deter-
mined that as much as 2M urea is required to dissociate F1
from Fo and it is hard to believe comparable conditions
would form in the mitochondrial matrix [18]. Moreover,
Zhou et al. have performed atomistic simulations of c-ring
from two species, S. cerevisiae and B. pseudofirmus. Their
results concluded that hydration of the lumen of the c-ring
pore, required to allow the conducing state to form, is highly
unlikely [49]. Regardless, even if hydrated under certain cir-
cumstances, the channel would not be only anion selective
but also the predicted conductance values (2.5 ps for K+

and 116ps for Cl-) would be inconsistent with properties of
the PTP [49].

Lastly, Walker laboratory disrupted all three genes
encoding for c subunit in order to determine if it is involved
in PTP formation. He et al. [50] reported that, despite the loss
of c-ring (alongside with a and DAPIT), mutant cells still
displayed a CsA-sensitive Ca2+-induced Ca2+ release and

membrane depolarization typically associated with the PTP
that was comparable to parent cells. However, Neginskaya
et al., while testing the same cells, found that mutants lacking
c subunit are more sensitive to Ca2+-triggered membrane
depolarization and thus, by inference, PTP opening [51].
Further, patch clamp analysis failed to register typical to
PTP-conducing channels (~1.5 nS) in mutant preparations,
yet observed the emergence of much smaller, 300 pS channels
[51], putting subunit c back in contention as critical compo-
nent of the PTP, be it direct or indirect.

2.1.3. Additional Studies. In tests of ATP synthase as a funda-
mental component of the PTP, Walker and Bernardi’s labo-
ratories have taken two distinct approaches. Walker’s group
generated HAP1 clonal cell lines lacking select ATP synthase
subunits and has established that subunits c, b, OSCP, a, and
A6L (as set by Masgras et al. [52]) are dispensable for pore
formation [50, 53]. It is important to note that in cells devoid
of subunits c, b, and OSCP, ATP synthase fails to assemble
properly [50, 53]. Regardless, all of the lines created showed
comparable sensitivity to Ca2+-induced PTP activity (includ-
ing Ca2+ release and mitochondrial membrane depolariza-
tion) to wild-type controls and sensitivity to CsA. The
additional finding of one of these studies was that PTP activ-
ity was desensitized by CsA in OSCP-null line [53], a rather
unexpected observation refuting the previous findings [30]
of OSCP subunit being the PTP-modulating binding partner
of the mitochondrial peptidyl-prolyl cis-trans isomerase D
(cyclophilin D, CyPD), thus introducing yet another mystery
into PTP complex. However, despite the fact that the “pore”
of the PTP must form in the membrane, the essential role of
membrane subunits e, g, f, and 6.8PL in mammalian PTP
formation has yet to be established.

Bernardi and colleagues, on the other hand, sought to
determine the sites of action of major PTP regulators,
namely, Ca2+ and pH, by site-directed mutagenesis of indi-
vidual proteins within the ATP synthase complex. They have
found that Ca2+ binding to catalytic site of the β subunit,
possibly by replacing Mg2+, would cause local conforma-
tional change which would propagate through OSCP sub-
unit and lateral stalk of ATP synthase to the IMM to form
a pore within transmembrane subunits of the enzyme. The
T163S mutation in subunit β rendered HeLa cell mitochon-
dria less sensitive to Ca2+-triggered PTP opening and to cell
death, as well as decreased the number of apoptotic nuclei in
zebrafish embryos [54]. In subsequent work, this group
identified a unique histidine of the OSCP (H112) as respon-
sible for the PTP inhibition at acidic pH. Hek293 cells in
which this His was changed to Gln or Tyr were refractory
to (i) MMC inhibition and (ii) prevention of Ca2+

overload-induced mitochondrial swelling upon pH switch
from 7.4 to 6.5. Further, mutant cells failed to be protected
from cell death at acidic pH upon anoxic conditions [55].
Molecular dynamic simulations suggested that protonation
of H112, similarly to what was modelled for subunit β
T163S mutant [54], would cause a conformational change
in enzyme’s lateral stalk which would then prevent channel
formation. Finally, the elegant study led by Guo et al. [56]
identified an evolutionarily conserved residue within yeast
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subunit g (R107) as a target of phenylglyoxal, an established
PTP modifier [57, 58].

2.2. ANT: Reemergence of an Old Player. While studying
the MMC properties in mitochondria lacking c subunit,
Neginskaya et al. observed that the detected lower conduc-
tance channel was inhibited by CsA, ADP, and bongkrekic
acid [51]. Latter features closely resemble channel activities
previously reported for purified ANT [59].

The ANT is an integral IMM protein of solute carrier
family which facilities ADP exchange for ATP between cyto-
sol and mitochondrial matrix. It was included in the early
models of the PTP for several reasons. First, it was found that
its ligands, atractylate and bongkrekate, modulate the PTP.
The former favors PTP opening and the latter favors PTP
closing in the presence of Ca2+ [60, 61]. Second, ANT copur-
ified with VDAC and hexokinase in detergent membrane
extracts and displayed properties resembling those of PTP
after reconstitution in liposomes alone or in concert with
VDAC and CyPD [59, 62, 63]. Later studies determined that
mitochondria from the ANT1/2 null mouse livers, although
losing a detectable response to atractylate, bongkrekate, and
ADP and being less sensitive to Ca2+-induced Ca2+ release,
still underwent a CsA-sensitive PTP. These studies led to
conclusion that ANT is not essential for PTP formation
[28]. However, this early study missed the third isoform, the
ANT4. ANT4 is predominantly expressed in the testis, but,
at least in the mouse livers, steps in once ANT1/2 are ablated
[64, 65]. Mitochondria lacking all three isoforms showed
striking resistance to Ca2+-induced PTP opening and greatly
reduced channel conductance in patch clamped mitoplast.
The detected currents were not inhibited by ADP/Mg2+

[65]. Moreover, recently, ANT1 was identified as a likely volt-
age sensor of the PTP. Study led by Doczi [66] confirmed that
the absence of ANT1 results in delayed PTP opening in
response to Ca2+ overload and treatment with H2O2 in
patient-derived fibroblasts, as well as cultured cells, and dem-
onstrated that cells lacking ANT1 require higher voltage
threshold for Ca2+-induced PTP activation [66].

Taken together, great progress has been made in recent
years in attempt to elucidate the long-sought PTP. A wealth
of findings supports the notion of ATP synthase as being a
PTP-forming entity [34], yet does not conclusively provide
the site and mechanism of pore formation, and it appears
that ANT [65, 66] plays a more important role in this phe-
nomenon than initially thought.

3. Evidence of PTP Involvement in
Mitochondrial Disorders

Compromised PTP activation is recognized to play a pivotal
role in vast variety of human disorders [18, 21]. The most
studied pathologies that include ischemia-reperfusion injury
of different organs, muscular dystrophies, and central ner-
vous system diseases are reviewed in [18, 20, 67]. One of
the outcomes of prolonged PTP opening is the reversal of
ATP synthase to function as ATP hydrolyzing rather than
synthetizing enzyme in an attempt to maintain the IMM
potential. In this scenario, not only OXPHOS-derived

ATP is lost, but ATP derived from glycolysis and mito-
chondrial substrate-level phosphorylation is also consumed
[17, 68, 69] which eventually results in bioenergetic crisis.
Importantly, compromised energy metabolism is the central
dogma of mitochondrial diseases [70]. Below we overview
the evidence linking the PTP and mitochondrial disorders
in four disease paradigms.

3.1. Leber’s Hereditary Optic Neuropathy. Leber’s hereditary
optic neuropathy (LHON) is the most common mtDNA dis-
order and is most often, but not limited, to mutations in
genes encoding components of complex I; additional genes
includeMT-ATP6 [71–74] which encodes ATP synthase sub-
unit a. LHON is characterized by (sub)acute loss of central
vision which may affect both eyes simultaneously or start in
one and then, within several weeks or months, affect the
other. The loss of vision is due to degeneration of retinal gan-
glion cells and the optic nerve [75, 76]. The use of cell lines
containing nuclear DNA from one cell and mtDNA from
the other (cybrids) proved to be crucial in characterizing
mtDNA-related phenotypes. Studies in cybrid cell lines har-
boring mutations known to cause LHON revealed that these
cells (i) are sensitized to Ca2+- or oxidative stress-triggered
membrane depolarization and cell death compared to con-
trols [75, 77] and (ii) their mitochondria depolarize if chal-
lenged with respiratory chain or ATP synthase inhibitors in
a ROS- and Ca2+-dependent manner [78], effects that could
be counteracted by CsA treatment. The ability of CsA to
defer cell death prompted a trial of its oral version (Neoral,
Novartis) in LHON patients with acute, strictly unilateral
optic neuropathy aimed at preventing the involvement of a
second eye. The primary end point of this study—the preser-
vation of visual acuity of the second eye—was not achieved
[79]; thus, the trial is considered as failed. Yet, it did delay
the involvement of the second eye to the median interval of
28 weeks compared to 6-8 weeks reported in the literature
[79, 80]. Several reasons for the lack of prevention of disease
progression could be put forward. First, CsA might not have
been the best drug to test. Due to its immunosuppressive
abilities, the drug has to be administered at well-controlled
doses. Importantly, the presence of the drug in blood does
not mean that it reaches mitochondria in retinal ganglion
cells at therapeutic concentrations. The drug has to cross
the blood-ocular barrier first, and studies in rats and rabbits
did not detect CsA in the ocular tissues upon oral or intrave-
nous administration [81, 82]; similar studies in humans
revealed detectable CsA levels in aqueous humor only upon
severe uveitis [83]. Moreover, CsA (as discussed below) and
all the molecules acting on CyPD only desensitize the PTP,
but do not block it. Second, it might be that in order to reach
the maximum protective effect, treatment must be started
before the pathological process had set in. It is worth noting
that 4 out of 5 patients of this study presented with subtle
abnormalities of the central visual field of the second eye
indicating that degenerative process might have already
started [79].

3.2. Neurogenic Muscle Weakness, Ataxia, and Retinitis
Pigmentosa (NARP). NARP syndrome was first documented
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in 1990 [84] and most commonly is due to a point mutation
m.8993T>G in mtDNA (when mutational load is between 70
and 90%) which falls intoMT-ATP6 gene encoding ATP syn-
thase subunit a [9]. This mutation results in biochemical
traits such as impaired OXPHOS, increase in ROS, and
higher mitochondrial potential [8, 9, 85–87]. Studies in
m.8993T>G osteosarcoma 143B cybrids revealed that NARP
cells were more sensitive to PTP opening and cell death upon
ROS, Ca2+, lipid, bongkrekic acid, and amyloid β challenge
which was largely attenuated upon antioxidant treatment.

3.3. French-Canadian Variant of Leigh Syndrome. An inter-
esting case with contradicting data is presented by studies of
mitochondrial function in fibroblasts from patients harbor-
ing a mutation in [88] and the mouse livers lacking [89] the
leucine-rich pentatricopeptide repeat containing (LRPPRC)
protein. LRPPRC gene encodes a protein that stabilizes mito-
chondrially encoded mRNAs; its absence results in severe
defects in the assembly of OXPHOS complexes IV and V
[89–92]. Mutations in LRPPRC cause the French-Canadian
variant of Leigh syndrome, a disease characterized with a sud-
denmetabolic acidosis which often results in early death [93].
Fibroblasts from affected patients presented with mitochon-
drial network fragmentation, impaired oxidative phosphory-
lation capacity, lower membrane potential, and increased
sensitivity to Ca2+-induced PTP opening [88]. The opposite
effect in terms of PTP opening was detected in mitochondria
coming from the mouse livers lacking LRPPRC. In this
model, loss of LRPPRC resulted in multifaceted bioenergetic
phenotype, which includes aberrant mitochondrial ultra-
structure, OXPHOS defects, reduction in MT-ATP6 tran-
script, and impairment of ATP synthase assembly. Yet,
these mitochondria were less sensitive to Ca2+-triggered
PTP opening and almost refractory to CsA treatment despite
expressing twice as much CyPD compared to controls [89].
While the first finding enforces the notion that ATP synthase
dimers function as PTP-forming units, the latter is quite
unexpected because CyPD is viewed as PTP sensitizer and
treatment with CsA displaces it from its binding site releasing
PTP sensitization. The most plausible explanation for higher
CyPD levels causing resistance to Ca2+ overload rather than
sensitization is that the PTP-regulating CyPD binding site
(probably on ATP synthase) has been lost in this model.

3.4. Mitochondrial Encephalomyopathy, Lactic Acidosis, and
Stroke-Like Episodes (MELAS). MELAS, first reported in
1984 [94], is a condition that affects many organs, most
severely the muscle and the brain. It can be caused by point
mutations in a number of genes, the most common being
m.3243A>G in MT-TL1 encoding mitochondrial transfer
RNA [95]. As it is true for all mitochondrial disorders, the
disease is rare, its pathogenesis is not fully understood, and
disease management is largely supportive [96]. Mitochondria
in MELAS fibroblasts show elevated resting Ca2+, decreased
membrane potential, and higher ROS, are swollen with disin-
tegrated IMM, and tend to accumulate around nucleus [15,
77, 97–99]. Studies in cybrids harboring m.3243A>G muta-
tion determined that mutant cells are more sensitive to
H2O2-induced cell death which could be deferred by Ca2+

depletion or CsA treatment [77]. Involvement of PTP in this
pathology was further supported by findings of Cotán et al.
This group reported that cultured fibroblasts from MELAS
patients contain mitochondria with reduced membrane
potential, increased oxidative stress, and sensitized PTP
opening [99].

4. Pharmacological Targeting of PTP

In spite of the importance of the PTP in a variety of disease
paradigms, its potential as a drug target is currently not fully
exploited, in part due to yet unresolved its molecular identity
as discussed above. An extensive list of drugs has been
reported to delay PTP opening in in vitro studies. However,
the majority of these drugs have limited efficacy, are active
only at high doses and/or affect PTP indirectly, and thus,
are of little relevance for clinical use (see [100] for extensive
list and commentary). Only CsA, an 11-amino acid cyclic
peptide, best known for its immunosuppressive activities
due to binding to cyclophilin A, and its nonimmunosuppres-
sive derivatives Debio-025 (Alisporivir) and NIM811, proved
to be useful PTP inhibitors. Although these compounds
played a crucial role in establishing PTP as a major player
in numerous pathologies [18, 101–109], they desensitize the
PTP (by displacing CyPD from its site of action) rather than
affect the pore itself and thus afford limited efficacy [110].

Recently, significant efforts were put to fill this void. They
can be divided into two classes: (i) phenotypic screens for
small molecules affecting PTP directly and not acting on
CyPD and (ii) rational drug design-based search for novel
small molecule CyPD inhibitors.

4.1. High-Throughput Screens for CyPD-Independent PTP
Inhibitors. A number of groups aimed to discover novel,
CyPD-independent small molecule inhibitors of the PTP
with the prospect of targeting the channel directly. It
would allow the drug-treated mitochondria to resist to higher
stress stimuli than could be achieved by targeting CyPD. In
all three screening campaigns (as detailed in [110]), the
osmotic swelling of isolated liver mitochondria upon Ca2+

overload was followed in the presence of test compounds.
In two of the studies, the initial hits were then improved
through extensive medicinal chemistry optimization strate-
gies and subsequently tested against a variety of PTP-
inducing stimuli.

Fancelli et al. tested commercial library of FDA-approved
drugs and identified cinnamic anilides as their most potent
series. The best of these compounds not only delayed PTP
opening in vitro in response to Ca2+ overload and oxidative
stress [111] but also were protective in vivo. For example,
compound 22 reduced infarct size in a rabbit model of acute
myocardial infarction, yet no significant improvement over
CsA treatment was observed [111]. In a subsequent study,
this group established that treatment with another member
of these series (GNX-4728) increased the lifespan of G37R-
hSOD1 mice, a murine model of amyotrophic lateral sclero-
sis, by nearly 2-fold. Moreover, the treatment prevented
motor neuron and mitochondrial degeneration, attenuated
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spinal cord inflammation, and preserved neuromuscular
junction innervation in the diaphragm [112].

Using similar strategy, Roy et al. screened the NIH
Molecular Libraries Small Molecule Repository collection
consisting of ~360,000 molecules [100, 113]. Among vali-
dated hits, compounds from the isoxazole [113] and ben-
zamide [114] chemotypes proved to be most promising.
Original library compounds exhibited PTP inhibitory
activity comparable to CsA (~200 nM) in isolated mouse
liver mitochondria and were effective in permeabilized
mouse and human cell lines. Importantly, upon several
medicinal chemistry optimization rounds, a number of iso-
xazole analogs effective at low pM (or 10,000-fold lower
that CsA) were developed. These compounds prevented
PTP opening triggered by Ca2+ and by oxidative stress,
did not interfere with ATP synthesis or hydrolysis, and
were not toxic at effective concentrations [113]. In addi-
tion, they demonstrated that isoxazole 60 is beneficial in
a zebrafish model of Ullrich congenital muscular dystro-
phy. Phenotypes of these fish closely resembled clinical
traits of human disease [109, 115] by displaying severe
myopathy, motor deficits, and ultrastructural defects; all
phenotypes were greatly improved upon addition of isoxa-
zole 60 to fish water [113].

Finally, Briston et al. [116] performed a screen on cryo-
preserved rat liver mitochondria which retained their func-
tionality upon thawing. After testing 50,000 compounds,
the group identified ER-000444793 as their most potent mol-
ecule. Although this compound delayed PTP opening upon
Ca2+ overload in both rat and human mitochondria, it was
about 2-fold less effective than CsA. It is worth noticing that,
in contrast to other studies, no medicinal chemistry optimi-
zation has yet been reported.

4.2. Rational Drug Design Studies in Search for Nonpeptidic
CyPD Inhibitors. To date, a CsAmolecular target in mamma-
lian mitochondria, the CyPD, is the only universally agreed
upon component of the PTP complex. Yet, it plays a regula-
tory role rather than forming the pore itself; mitochondria
from mice lacking CyPD still undergo the PTP, although
require higher Ca2+ and oxidative stress loads [117, 118].
Nonetheless, physiological effects that are sensitive to CsA
are routinely defined as being due primarily to the activity
of the PTP despite the fact that the majority of the 20 cyclo-
philins encoded by the mammalian genome show some sen-
sitivity to CsA [119, 120]. As a therapeutic agent, CsA shows
unfavorable drug-like characteristics, such as high molecular
weight, limited solubility, poor bioavailability [121], and a
low blood-brain barrier permeability [122]. The latter is of
extreme importance as it renders CsA family drugs unsuit-
able for treatment of neurological disorders. To address these
limitations, several groups took rational design approach to
look for novel drugs.

In 2005, Guo et al. [123] reported the discovery of novel
quinoxaline derivatives; the best (GW5) showed selectivity
for CyPD over cyclophilin A, yet it was effective in preventing
Ca2+-induced mitochondrial swelling and Ca2+ release only
at high μM range. No further developments have been since
reported. Subsequently, Valasani et al. [124] used virtual

screening, molecular docking, and CyPD-pharmacophore
studies to design and synthetize pyrimidine-based ligands.
Yet, the ability of these compounds to inhibit CyPD and
the PTP in biological systems awaits verification. Shore at
al. built on previous work of Guichou and colleagues
[125] and synthetized a group of urea-based small molecule
inhibitors of cyclophilins [121]. The most promising com-
pound (19) bound to CyPD with Kd of 0.4μM, delayed
pancreatitis toxin-triggered mitochondria depolarization
and inhibited subsequent necrotic cell death in freshly iso-
lated pancreatic acinar cells. Lastly, Roh’s group has recently
reported several distinct classes of urea derivatives which
exhibited plausible binding with CyPD according to in silico
molecular docking studies [126–129]. In these studies, com-
pounds were protective against Aβ-induced mitochondrial
depolarization and cytotoxicity while they did not affect
ATP levels or cell viability per se. Yet, the concentrations
used (5μM) are rather high and no experimental evidence
was provided that these compounds inhibit CyPD or exert
their actions directly through the PTP. Summing up, while
plausible efforts were put to increase the selection of CyPD
inhibitors and thereby augment their efficacy in modulating
PTP opening, further studies are needed to increase their
potency, address the selectivity towards CyPD, and show
efficacy in animal models.

5. Conclusions

The molecular entity of the PTP is the matter of active inves-
tigation, which favors ATP synthase as a prime suspect, yet
recent studies suggest that other proteins, like ANT, might
also contribute. Early on, it was recognized that preventing
PTP opening by treatment with PTP inhibitors would be
beneficial in a wide range of therapeutically challenging
human diseases. Thus, significant efforts with some promis-
ing results were invested in developing PTP-specific inhibi-
tors that would overcome the major drawbacks of CsA, yet
further studies are needed to advance them from research
tools to therapeutics.

A consequence of PTP opening is the disruption of mito-
chondrial ultrastructure, dissipation of mitochondrial mem-
brane potential, cessation of ATP synthesis, and cell death
as a consequence of resulting bioenergetic crisis—a primary
characteristic of mitochondrial disorders, a diverse group of
diseases with no available treatment yet. Several studies
have demonstrated that cells harboring pathogenic muta-
tions are more sensitive to Ca2+ challenge and oxidative
stress, effects that could be counteracted by CsA treatment
and, potentially, by novel small molecules directly targeting
the PTP. These data suggest that PTP might be a viable
option as a drug target and thus should be further explored
to establish a definite link.
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The purpose of this study was to investigate the modulation of histone deacetylase 2 (HDAC2) on mitochondrial apoptosis
in acute liver failure (ALF). The cellular model was established with LO2 cells stimulated by tumor necrosis factor alpha
(TNF-α)/D-galactosamine (D-gal). Rats were administrated by lipopolysaccharide (LPS)/D-gal as animal model. The cell and
animal models were then treated by HDAC2 inhibitor CAY10683. HDAC2 was regulated up or down by lentiviral vector
transfection in LO2 cells. The mRNA levels of bcl2 and bax were detected by real-time PCR. The protein levels of HDAC2, bcl2,
bax, cytochrome c (cyt c) in mitochondrion and cytosol, apoptosis protease activating factor 1 (apaf1), caspase 3, cleaved-
caspase 3, caspase 9, cleaved-caspase 9, acetylated histone H3 (AH3), and histone H3 (H3) were assayed by western blot.
Apoptosis was detected by flow cytometry. The serum alanine aminotransferase (ALT), aspartate aminotransferase (AST), and
total bilirubin (TBIL) levels were also assayed. The openness degree of the mitochondrial permeability transition pore (MPTP)
was detected by ultraviolet spectrophotometry. The apoptosis of hepatocytes in liver tissues was determined by tunnel staining.
The liver tissue pathology was detected by hematoxylin eosin (HE) staining. The ultrastructure of liver tissue was observed by
electron microscopy. Compared with cell and rat model groups, the bax mRNA level was decreased, and bcl2 mRNA was
increased in the CAY10683 treatment group. The protein levels of HDAC2, bax, cyt c in cytosol, apaf1, cleaved-caspase 3, and
cleaved-caspase 9 were decreased, and the apoptosis rate was decreased (P < 0 05), whereas the protein level of bcl2 and cyt c in
the mitochondrion was elevated (P < 0 05) in the CAY10683 treatment group. In the HDAC2 down- or upregulated LO2 cells,
the mitochondrial apoptosis pathway was inhibited or activated, respectively. After being treated with TNF-α/D-gal in HDAC2
down- or upregulated LO2 cells, the mitochondrial apoptosis pathway was further suppressed or activated, respectively. The
MPTP value was elevated in CAY10683-treated groups compared with the rat model group (P < 0 05). Liver tissue pathological
damage and apoptotic index in the CAY10683-treated group were significantly reduced. In addition, AH3 was elevated in both
cell and animal model groups (P < 0 05). Downregulated or overexpressed HDAC2 could accordingly increase or decrease the
AH3 level, and TNF-α/D-gal could enhance the acetylation effect. These results suggested that modulations of histone
deacetylase 2 offer a protective effect through the mitochondrial apoptosis pathway in acute liver failure.

1. Introduction

Acute liver failure (ALF) is an extremely serious clinical syn-
drome caused by various factors. Its pathological characteris-
tic shows that there is necrosis in a large number of
hepatocytes and inflammatory cell infiltration in the liver.

ALF has features of acute onset, quick development, serious
complications, and high mortality [1]. Previous studies have
verified that intestinal endotoxemia plays an important role
during development of ALF. Lipopolysaccharide (LPS), the
main component of endotoxin, induces liver microcircula-
tion disorder and causes serious damages in liver cells [2].
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Endotoxin can also stimulate Kupffer cells to release many
cytokines such as TNF-α, IL-1, and IL-6, which further result
in liver necrosis [3].

As a common form of cell death, apoptosis contributed to
liver injury in a wide range of acute and chronic liver dis-
eases. In liver disease, hepatocytes would die through the
apoptosis pathway [4]. Apoptosis is usually induced in two
ways. One is the death receptor/extrinsic pathway; another
is the mitochondrial/intrinsic pathway. The former can be
activated by combining death signal mediators, such as
TNF-α, with death receptors on the cell surface. The latter
manner can be activated by cytochrome c released from
mitochondria [5, 6]. These two proapoptotic signals can be
activated by caspase 8 and caspase 9, which further result in
the activation of caspase 3, cleaving of substrate proteins,
destruction of DNA molecules, and cell apoptosis [7].
Because hepatocytes are enriched with mitochondria, liver
is the chemical center of the human body and accounts for
20% of the total body oxygen consumption [8]. Therefore,
the mitochondrial apoptotic pathway plays an important role
in hepatocellular apoptosis [9]. It is important to investigate
hepatocyte mitochondrial apoptosis in ALF.

Acetylation regulation involving histone acetyltransfer-
ases (HATs) and histone deacetylase (HDACs) is important
to maintaining homeostasis [10]. HDACs have been verified
to regulate homeostasis by inhibiting gene transcription [10,
11]. In the previous study, tumor suppressor breast cancer
susceptibility gene 1 (BRCA1) has been found to inhibit
miR-155 via its association with HDAC2. HDAC2 deacety-
lates histones H2A and H3 on the miR-155 promoter [12].
Many studies have also shown that acetylation played a key
role in liver injury. HDAC broad-spectrum inhibitor tri-
chostatin A (TSA) can effectively alleviate septic liver injury
[13, 14]. Histone deacetylase 4 promotes cholestatic liver
injury in the absence of prohibitin-1 [15]. These results are
consistent with our previous findings that TSA can effec-
tively inhibit the release of multiple inflammatory factors,
improve hepatocyte injury, and improve the survival rate
of rats with acute-on-chronic liver failure [16]. The HDAC2
inhibitor CAY10683 achieves the goal of treating acute liver
failure by protecting the damaged intestinal mucosa and
reducing intestinal endotoxemia [17]. Most of these studies
are based on the mechanism association with acetylation in
the process of inflammation. However, the direct protective
effects of HDACs on hepatocytes through mitochondrial
apoptosis during liver failure have been rarely studied.

In this study, we aimed to investigate the effect of
HDAC2 on TNF-α/D-gal-induced injury in the LO2 cell line
and in the LPS/D-gal-induced ALF rat model and to further
explore the HDAC2 epigenetic regulation on the mitochon-
drial apoptosis pathway in acute liver failure.

2. Material and Methods

2.1. Chemicals and Reagents. HDAC2 inhibitor CAY10683
was purchased from Sellect (Houston, USA). DMEM basic
and fetal bovine serum (FBS) were obtained from Gibco (NY,
USA). Lipopolysaccharide (LPS, purity of 99%), tumor necro-
sis factor alpha (TNF-α, purity of 97%), and D-galactosamine

(D-gal, purity of 98%) were purchased from Sigma (St. Louis,
USA). Rabbit anti-rat/human HDAC2, bcl2, cytochrome c
(cyt c), apoptosis protease activating factor 1 (apaf1), caspase
3/cleaved-caspase 3, caspase 9, cleaved-caspase 9, histone H3
(H3), and acetylated histone H3 (AH3) antibodies were
obtained from Cell Signaling Technology (Boston, USA).
Rabbit anti-rat/human bax antibody was obtained from
Abcam(Cambridge,UK).Glyceraldehyde-3-phosphate dehy-
drogenase (GAPDH) and cytochrome c oxidase subunit 4
isoform 1 (cox IV) antibodies were purchased from Protein-
tech (Wuhan, China). The goat anti-rabbit fluorescent sec-
ondary antibody (IRDye800) was obtained from LI-COR
Biosciences Inc. (Lincoln, USA). RNAiso Plus, PrimeScript™
RT reagent, and SYBR Premix Ex Taq kits were purchased
from TaKaRa (Dalian, China). The purified mitochondrial
permeability transition pore (MPTP) fluorescence detection
kit was purchased from GENMED (Shanghai, China).

2.2. Cell Culture and Chemical Treatment. A DMEM
medium mixed with 10% FBS was used to culture LO2 cells
at 37°C and saturated humidity and using a 5% CO2 incuba-
tor. The medium was replaced every 2-3 days. The cells were
divided into control, model, and CAY10683-treated groups.
TNF-α and D-gal were used to establish an in vitro model.
When the cells were 70% confluent, they were passed into
6-well plates for 24h. Then, TNF-α (100 ng/mL) and D-Gal
(44μg/mL) were used to stimulate the cells except for the
control group. CAY10683- (120 nM) treated cells were
harvested after a 24-hour incubation.

2.3. Knockdown or Overexpression of HDAC2 in LO2
Cells via Lentiviral Transduction. HDAC2 knockdown-
or overexpression-lentiviral vectors were constructed by
GeneCreate Biological Engineering Co. Ltd. (Wuhan, China).
The knockdown interference sequence was 5′-GCAAAT
ACTATGCTGTCAATT-3′ (21 bp). The cloning vectors
were transfected into the 293 T cell line, and the viral super-
natant was harvested after 48 h (1 × 108 transducing units
(TU)/mL). Then, LO2 cells were seeded into 24-well plates
and transfected with lentivirus vectors. According to the
manufacturer’s instructions, the tested multiplicity of infec-
tion (MOI) value was 40. After being transfected for 72 h,
knockdown or overexpression of HDAC2 was confirmed by
RT-PCR analysis.

2.4. LO2 Cell Apoptosis Detection. The LO2 cell apoptosis
rates were detected by flow cytometry with Annexin V-phy-
coerythrin/7-aminoactinomycin D (Annexin V-PE/7AAD)
apoptosis kit (BD, USA). After the 105 cells were processed
to a 6-well plate, they were collected for staining. The cells
were added with 400μL buffer solution, 5μL Annexin
V-PE, and 5μL 7AAD, then incubated for 15min at 37°C
away from light. Flow cytometry (BD, USA) was adopted to
count the apoptosis rate in the early and late stages.

2.5. Animal Groups. A total of 30 rats were randomly divided
into three groups: control group, model group, and
CAY10683-treated group. The model and CAY10683 group
rats were administrated by intraperitoneal injection with
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400mg/kg D-gal combined with 100μg/kg of LPS.
CAY10683 and the same amount of saline were given to
the CAY10683-treated group and model group 2h before
ALF modeling was conducted. All rats were sacrificed under
anesthesia for 48 h.

2.6. Specimen Collection, Histological Studies, and
Biochemical Tests. Fresh liver specimens were fixed in 10%
neutral-buffered formalin for 2 days and then processed for
sectioning and staining by standard histological methods.
Sections from the liver were stained with H&E and evaluated
under light microscope (Olympus, Tokyo, Japan). Liver sam-
ples were fixed by 2.5% glutaraldehyde and 1% glutaric acid.
After dehydration by ethanol and acetone, epoxy resin was
embedded and sliced, and saturated uranium acetate and lead
citrate were stained double. The serum alanine aminotrans-
ferase (ALT), aspartate aminotransferase (AST), and total
bilirubin (TBIL) levels were assayed using a fully automated
Aeroset chemistry analyzer (Abbott Co. Ltd., USA).

2.7. Quantitative Real-Time PCR to Detect mRNA Expression.
The PCR procedure followed the previously published steps
[18]. Total RNAs from LO2 cells and liver specimens were
isolated by using RNAiso Plus according to the manufac-
turer’s protocol. The cDNAs were produced with a Prime-
Script RT reagent kit and incubated at 37°C for 15min and
at 85°C for 5 s. Quantitative real-time PCRs were performed
using a StepOnePlus device (Applied Biosystems) at 95°C
for 10 s, followed by 40 cycles at 95°C for 5 s and at 60°C for
20 s, according to the instructions for the SYBR Premix Ex
Taq kit. The data were analyzed by the 2−ΔΔCT method. All
the primer sequences (Table 1) were designed and synthe-
sized by Tsingke (Wuhan, China). GAPDH was set as the
housekeeping gene.

2.8. Western Blotting for Protein Expression Measurement.
Isolation of proteins in the mitochondrion and cytosol were
performed following the method described by Cai et al.
[19]. Proteins from the LO2 cell, liver specimen, mitochon-
drion, and cytosol were separated by SDS-PAGE gels and
then transferred onto a nitrocellulose filter membrane,
respectively. The membranes were blocked overnight with
5% nonfat milk in phosphate-buffered saline (PBS) and
probed with the indicated antibody (Ab) before being washed
three times in Tris-buffered saline with Tween 20 (TBST)
and then incubated with an HRP-labeled secondary Ab.

The dilutions of the primary and secondary antibodies were
as follows: HDAC2, 1 : 1000; bcl2, 1 : 1000; cyt c, 1 : 1000;
apaf1, 1 : 1000; caspase 3/cleaved-caspase 3, 1 : 1000; caspase
9, 1 : 1000; cleaved-caspase 9, 1 : 1000; H3, 1 : 1000; AH3,
1 : 1000; and GAPDH, 1 : 1000. Then, they were incubated
with a fluorescent secondary antibody at 37°C for 2 h. The
blot was analyzed using the Odyssey Infrared Imaging
System (LI-COR Biosciences). GAPDH and histone 3 were
set as the housekeeping genes.

2.9. Relative Fluorescence Unit (RFU) of Mitochondrial MPTP
in Hepatocytes. Fluorescence enzyme assay was used to detect
bis-(bis-carboxymethyl aminomethyl fluorescein)-acetoxy-
methyl ester. When the mitochondrial permeability transi-
tion pore (MPTP) was in an open state, calcitonin would
release out of the mitochondria. The fluorescence changes
of calcitonin in mitochondria represented the open state of
MPTP. The specific experimental procedures were carried
out in accordance with the product specification of the puri-
fied mitochondrial membrane channel fluorescence detec-
tion kit (GENMED, China).

2.10. Statistical Analysis. Data were statistical analyzed with
SPSS 13.0 software. The results were expressed as means ±
SDs. One-way analysis of variance (ANOVA) or Student’s
t test was performed to examine the differences between
groups. A P value less than 0.05 was considered statistically
significant.

3. Results

3.1. CAY10683 Inhibited the Mitochondrial Apoptotic
Pathway in the TNF-α/D-Gal-Treated LO2 Cells. Compared
with the control group, the bcl2 mRNA level was significantly
decreased and the bax mRNA level was significantly
increased in the model cell group (P < 0 05). CAY10683
treatment could significantly increase bcl2 and decrease bax
mRNA levels (P < 0 05) (Figure 1(a)). As shown in
Figures 1(b)–1(g), the expressions of HDAC2, cyt c in cyto-
sol, cleaved-caspase 3, cleaved-caspase 9, apaf1, and bax were
significantly elevated, while the expressions of bcl2 and cyt c
in the mitochondrion were significantly suppressed in the
model group (P < 0 05). CAY10683 treatment significantly
decreased HDAC2, cyt c in cytosol, cleaved-caspase 3,
cleaved-caspase 9, apaf1 and bax protein levels, and elevated
bcl2 and cyt c in mitochondrion protein levels (P < 0 05).

Table 1: Primers for RT-PCR.

Genes Forward (5′-3′) Reverse (5′-3′)
HDAC2 (human) GCTACTACTACGACGGTGATATTGG TTCTTCGGCAGTGGCTTTATGG

bcl2 (human) CTGCACCTGACGCCCTTCACC CACATGACCCCACCGAACTCAAAGA

bcl2 (rat) GAGCGTCAACAGGGAGATGT CAGCCAGGAGAAATCAAACAG

bax (human) CGAGTGGCAGCTGACATGTTTT TGAGGCAGGTGAATCGCTTG

bax (rat) GAGCGAGTGTCTCCGGCGAATT GCCACAAAGATGGTCACTGTCTG

GAPDH (human) ACCACAGTCCATGCCATCAC TCCACCACCCTGTTGCTGTA

GAPDH (rat) GGCACAGTCAAGGCTGAGAATG ATGGTGGTGAAGACGCCAGTA
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Figure 1: Continued.
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There was no difference between the protein expressions of
caspase 3 and caspase 9. Compared with the model group,
the apoptosis rate in the CAY10683 group was significantly
decreased (Figure 1(h), P < 0 05).

3.2. The Levels of Mitochondrial Apoptosis Signaling
Molecules in LO2 Cells Were Changed after HDAC2
Knockdown or Overexpression. The HDAC2 knockdown or
overexpression lentiviral vector (LV) was made and trans-
fected into LO2 cells. Green fluorescent protein (GFP) was
observed with a fluorescence microscope after 72 h
(Figure 2(a) and Figure 3(a)). At 72h after transfection, the
HDAC2 mRNA level was obviously decreased in the

LV-down group (Figure 2(b), P < 0 05). The interactions
among the molecules of mitochondrial apoptosis signaling
were observed. There was no significant difference
between the control and lentivirus negative control (NC)
groups for bcl2 and bax mRNA levels (Figure 2(c)). The pro-
tein levels of HDAC2, cyt c in mitochondrion, cyt c in cyto-
sol, cleaved-caspase 3, cleaved-caspase 9, apaf1, bcl2, and
bax were decreased (Figures 2(d)–2(f)), and the apoptosis
rate was decreased (Figure 2(g)). Moreover, in HDAC2
knockdown cells, the bax mRNA level was decreased, and
the bcl2 mRNA level was increased; compared with the con-
trol group, there was a significant difference (P < 0 05,
Figure 2(c)). The protein expressions of HDAC2, cyt c in
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Figure 1: CAY10683 inhibited the mitochondrial apoptotic pathway in the TNF-α/D-gal-treated LO2 cells. (a) The mRNA level of bcl2
and bax mRNA levels were detected by RT-PCR. (b-g) The protein expressions of HDAC2, cyt c in mitochondrion, cyt c in cytosol, caspase 3,
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Figure 2: The levels of mitochondrial apoptosis signaling molecules in LO2 cells were decreased after HDAC2 knockdown. (a) The HDAC2
knockdown lentiviral vector was made and transfected into LO2 cells. GFP was observed with a fluorescence microscope after 72 h. (b) At 72 h
after transfection, the HDAC2 mRNA level was detected by RT-PCR. (c) The mRNA level of bcl2 and bax mRNA levels were detected
by RT-PCR. (d-f) The protein expressions of HDAC2, cyt c in mitochondrion, cyt c in cytosol, caspase 3, c-caspase 3, caspase 9, c-caspase 9,
apaf1, bcl2, and bax were detected by western blot. (g) The staining with Annexin V-PE/7AAD and flow cytometry were performed to detect
the influence LO2 cell apoptosis. ※P < 0 05, compared with the control group. #P < 0 05, compared with the control group. ∗P < 0 05,
compared with the TNF-α/D-gal-treated model group.
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Figure 3: The levels of mitochondrial apoptosis signaling molecules in LO2 cells were increased after HDAC2 overexpression. (a) The
HDAC2 overexpression lentiviral vector was made and transfected into LO2 cells. GFP was observed with a fluorescence microscope after
72 h. (b) At 72 h after transfection, the HDAC2 mRNA level was detected by RT-PCR. (c) The mRNA level of bcl2 and bax mRNA levels
were detected by RT-PCR. (d-f) The protein expressions of HDAC2, cyt c in mitochondrion, cyt c in cytosol, caspase 3, c-caspase 3,
caspase 9, c-caspase 9, apaf1, bcl2, and bax were detected by western blot. (g) The staining with Annexin V-PE/7AAD and flow cytometry
were performed to detect the influence LO2 cell apoptosis. ※P < 0 05, compared with the control group. #P < 0 05, compared with the
control group. ∗P < 0 05, compared with the TNF-α/D-gal treated model group.
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cytosol, cleaved-caspase 3, cleaved-caspase 9, apaf1, and
bax were decreased; the levels of bcl2 and cyt c in the
mitochondrion were increased in the LV-down group
(Figures 2(d)–2(f)).

HDAC2 knockdown cells were treated with TNF-α/D-gal
for 24 h. Compared with the model group, the bax mRNA
level in the LV-down/TNF-α/D-gal group was decreased
(P < 0 05), and the bcl2 mRNA level was increased
(P < 0 05, Figure 2(c)). The protein expressions of HDAC2,
cyt c in cytosol, cleaved-caspase 3, cleaved-caspase 9,
apaf1, and bax were decreased, and the levels of bcl2
and cyt c in the mitochondrion were decreased (P < 0 05,
Figures 2(d)–2(f)). The apoptosis rate was also decreased in
the LV-down/TNF-α/D-gal group, compared with the model
group (P < 0 05, Figure 2(g)), whereas the levels of mitochon-
drial apoptosis signaling molecules showed the opposite
change after HDAC2 overexpression (Figures 3(b)–3(f)).

3.3. The Level of Histones H3 Deacetylated by Histone
Deacetylase 2 in Different LO2 Cell Groups. As shown in
Figures 4(a) and 4(b), the AH3 protein level was increased
in the model group, compared with the control group

(P < 0 05). CAY10683 could significantly enhance AH3 pro-
tein expression, compared with the model group (P < 0 05).
However, AH3 was upregulated or downregulated in the
HDAC2-LV-down or HDAC2-LV-up group, respectively
(P < 0 05). It was suggested that TNF-α/D-Gal could increase
the AH3 protein level in either the HDAC2-LV-down or the
HDAC2-LV-up group (P < 0 05).

3.4. CAY10683 Could Alleviate the Hepatic Pathology and
Liver Function in ALF Rats. As in HE staining shown in
Figure 5(a), the structure of liver lobules in the control group
was clear. The arrangement of liver cells was neat, and the
infiltration of inflammatory cells was not observed around
the liver cells. In the rat model group, the liver lobular struc-
ture was unclear, and hepatocytes were necrotic surrounded
by inflammatory cell infiltration. However, the hepatic lobule
structure in CAY10683 treatment rat liver was clearer than
that in the model group, and the infiltration of inflammatory
cells was also reduced. As shown in Figure 5(b) and
Figure 5(g), tunnel staining presented that the apoptotic
index in the CAY10683 treatment group was distinctly
decreased, when compared with the model group (P < 0 05).
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Figure 4: The level of histone H3 deacetylated by histone deacetylase 2 in different LO2 cell groups. ※P < 0 05, compared with the NC group.
#P < 0 05, compared with the control group. ∗P < 0 05, compared with the TNF-α/D-gal treated model group. NC: normal control.
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For the ultrastructure of liver tissues (Figure 5(c)), in the con-
trol group, the mitochondrial inner and outer membranes
were intact, the mitochondrial raft structure was clear, and
the continuity was complete. In the model group, the swollen
mitochondria in hepatocytes were found, the continuity of
the inner and outer membranes was obviously destroyed,
the mitochondrial cristae were broken, and the structure
was fuzzy. However, in the CAY10683 treatment group, the
swollen mitochondria in hepatocytes were significantly less
than those in the model group. The membrane continuity
was more complete, the mitochondrial membrane rupture
was less, and the structure was clearer in the CAY10683 group
than that in the model group. In addition, as shown in
Figures 5(e)–5(g), the serum ALT, AST, and TBIL levels
significantly decreased in the CAY10683 treatment group
compared with the model group (P < 0 05).

3.5. CAY10683 Alleviates Liver Damage through Regulating
the Mitochondrial Apoptotic Pathway in ALF Rats. As shown
in Figure 6(a), the RFU value was increased in the CAY10683
treatment group, compared with the model group (P < 0 05).
The bcl2 mRNA level in the model group was significantly
decreased, and the bax mRNA level was significantly
increased, compared with the control group (P < 0 05,
Figure 6(b)). CAY10683 treatment significantly increased
the bcl2 mRNA level and decreased the bax mRNA level,
compared with the model group (P < 0 05). As shown in
Figures 6(c)–6(e), the protein levels of HDAC2, cyt c in cyto-
sol, cleaved-caspase 3, cleaved-caspase 9, apaf1, and bax were
significantly elevated. The protein levels of bcl2 and cyt c in
the mitochondrion were significantly suppressed in the
model group (P < 0 05). CAY10683 treatment significantly
decreased the protein levels of HDAC2, cyt c in cytosol,
cleaved-caspase 3, cleaved-caspase 9, apaf1, and bax and ele-
vated bcl2 and cyt c in the mitochondrion (P < 0 05). There

was no significant difference between the protein expressions
of caspase 3 and caspase 9. As shown in Figure 6(f), the AH3
protein level was increased in the model group, compared
with that in the control group (P < 0 05). CAY10683 could
significantly elevate the AH3 protein level, compared with
the model group (P < 0 05).

4. Discussion

Regarding the pathogenesis of acute liver failure, the “two-
hit” hypothesis is widely recognized. The primary injury is
induced by the virus directly or indirectly (immune
responses). The secondary injury is caused by the release of
major proinflammatory cytokines in the gut-liver axis [20].
It is currently recognized that endotoxemia and hepatocyte
apoptosis might be the most important factors, which have
an extreme impact on the occurrence and development of
liver disease. Previous studies have shown that the patients
with liver failure had severe intestinal microecological imbal-
ances. The overgrowing intestinal bacteria could decrease
intestinal colonization resistance and destroy intestinal wall
barrier function, which resulted in intestinal bacteria (includ-
ing endotoxin and intestinal cytokines) translocation [21]. As
a major component of endotoxin, LPS induced localized
nonspecific hypersensitivity reactions in the liver. It further
causes liver microcirculation disturbance and leads to severe
damage of liver cells. Endotoxin could also stimulate liver
Kupffer cells to release TNF-α, IL-1β, IL-6, and other cyto-
kines, which could cause apoptosis and necrosis of hepato-
cytes [22]. LPS and/or TNF-α is involved in the vicious
circle to destroy the hepatocytes, which may result in liver
failure. Therefore, it is suggested that inflammation control
and prevention of endotoxemia could be the key strategy
for the treatment of ALF through reducing “two-hit.”
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Figure 5: CAY10683 could alleviate the hepatic pathology and liver function in ALF rats. (a) HE staining was used to detect pathological
changes in liver tissue. (b, f) Tunnel staining was used to detect the apoptotic index in liver tissue. (c) The ultrastructure of liver tissue and
the mitochondrial membranes were detected by electron microscopy. (d-f) The rat serum ALT, AST, and TBIL levels were detected by the
fully automated Aeroset chemistry analyzer. #P < 0 05, compared with the control group. ∗P < 0 05, compared with the LPS/D-gal-treated
model group.
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Hepatocyte apoptosis is one of the important pathogene-
ses of ALF. It is mainly mediated by the death receptor path-
way and mitochondrial apoptosis pathway [23]. The
mitochondrial pathway is the central circle of hepatocyte
apoptosis. Hepatocyte apoptosis is mainly regulated by bcl2
family proteins, including the antiapoptotic molecules such
as bcl-2 and bcl-xL, and proapoptotic molecules such as
bmf, bid, bax, and bak [24]. Some proapoptotic molecules
such as bid, bad, and bim could bind to other proapoptotic
molecules, which express in the outer surface of the mito-
chondria or cytoplasm, such as bax and bak, resulting in
the oligomerization of the proapoptotic molecules. Subse-
quently, the oligomeric molecules could insert into the
mitochondrial membrane, which cause the increase in mito-
chondrial membrane permeability and the loss of transmem-
brane potential. These mitochondrial changes could further
induce the releases of cyt c from the mitochondria into the
cytosol. Then, cyt c binds to apaf1 in the presence of dATP
to form a multimer, which is able to recruit caspase 9 precur-
sors in the cytoplasm and promote the binding of caspase 9
to apoptotic bodies through the caspase recruitment domain
(CARD) of the amino terminus of apaf1. The activated cas-
pase 9 could further activate caspase 3, which would trigger
a caspase cascade and induce apoptosis [25]. Caspase 3 is
the most important apoptotic executor in the caspase family.
It is responsible for the activation or inactivation of the key
molecules, such as GSDME (gasdermin E) [26]. In addition,
apoptosis-inducing factors (AIF) could be released from the
mitochondria. It is involved in the activation of caspase, the
release of cyt c, and the formation of apoptotic bodies. In
the mitochondrial pathway, the increased expression of bcl2
could exert an antiapoptotic effect by reducing mitochondrial
membrane permeability, inhibiting mitochondrial depolari-
zation, and releasing cyt c [27, 28]. Bax could promote the

release of cyt c and regulate cell apoptosis [29]. The antiapop-
totic effect of bcl2 and the proapoptotic effect of bax have
been widely recognized. Therefore, the ratio of bcl2/bax could
reflect the apoptosis state. Increasing the ratio of bcl2/bax
could be an effective way to inhibiting apoptosis [30].

It has been widely demonstrated that inhibiting the activ-
ity of some HDACmolecules could alleviate liver failure. Our
previous study showed that HDAC broad-spectrum inhibitor
trichostatin A (TSA) could effectively suppress the release of
some inflammatory factors, improve liver and small intestine
injury, increase the survival rate, and provide a protective
effect in ALF or ACLF rats [31]. Another specific histone dea-
cetylase 6 inhibitor, CY-1215, also known as ricolinostat, has
reported many other effects such as anti-cancer [32],
improvement of pulmonary fibrosis [33], and alleviation of
peripheral neuropathy [34]. Our previous study has also
demonstrated that ACY-1215 could inhibit the inflammatory
response through the TLR4-MAPK/NF-κB pathway in ALF
rats [35]. A clinical study has shown that the activities of
HDAC1 and HDAC2 are obviously elevated in the patients
with chronic hepatitis B, especially in the patients with liver
failure. The downregulated HDAC1 could reduce the pro-
duction of inflammatory factors [36]. However, whether the
HDAC inhibitor (HDACi) plays an anti-hepatocyte apopto-
sis role in liver failure is still kept unknown at present. Many
evidences have demonstrated that HDACi can inhibit the
apoptosis in some tissue parenchymal cells or functional cells
apart from cancer cells. It has been shown that TSA could
attenuate apoptosis during acute lung injury [37]. Similarly,
HDAC broad-spectrum inhibitor sodium butyrate could
improve cardiac function and suppress myocardial remodel-
ing in diabetic mice through decreasing the active caspase 3
protein level and the amounts of apoptosis myocardial cells
[38].AnotherHDACbroad-spectrum inhibitor, sulforaphane
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Figure 6: CAY10683 alleviates liver damage through regulating the mitochondrial apoptotic pathway in ALF rats. (a) The RFU value was
detected by the purified MPTP fluorescence detection kit. (b) The mRNA level of bcl2 and bax mRNA levels were detected by RT-PCR.
(c-e) The protein expressions of HDAC2, cyt c in mitochondrion, cyt c in cytosol, caspase 3, c-caspase 3, caspase 9, c-caspase 9, apaf1,
bcl2, and bax were detected by western blot. (f) The protein expressions of AH3 and H3 were detected by western blot. #P < 0 05,
compared with the control group. ∗P < 0 05, compared with the LPS/D-gal-treated model group.
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(SFN), significantly inhibits the apoptosis of LPS-induced
porcine monocyte-derived dendritic cells [39].

In the present study, a specific HDAC2 inhibitor
CAY10683 was used in an in vitro study. CAY10683 treat-
ment significantly increased the levels of bcl2 and cyt c in
the mitochondrion and decreased the levels of HDAC2, cyt
c in cytosol, cleaved-caspase 3, cleaved-caspase 9, apaf1,
and bax in the cells of the model group. The apoptosis rate
in the CAY10683-treated group was significantly decreased.
In order to further observe the effects of modulations of
HDAC2, HDAC2 knockdown and overexpression by lenti-
viral vector in LO2 cells were performed, respectively.
These transfected cells were treated with TNF-α/D-gal
for 24h. Compared with the control group, both mito-
chondrial apoptosis pathway and apoptosis rate were
inhibited in the LV-down group and were increased in
the LV-up group.

In in vivo experiments of this study, CAY10683 could
significantly improve hepatic pathology and biochemical
function in ALF rats. Tunnel staining showed that the apo-
ptotic index was distinctly decreased in the CAY10683 treat-
ment group, when compared with model group rats. As
shown in the ultrastructure of liver tissues, the swollen mito-
chondria in hepatocytes were significantly alleviated in the
CAY10683 treatment group than those in ALF rats. The
mitochondrial crista continuity was complete, and the mito-
chondrial membrane rupture was also significantly reduced
in the CAY10683 treatment group. The RFU value was
increased in the CAY10683 treatment group when compared
with the LPS/D-gal treated group. Likewise, the mitochon-
drial apoptosis pathway was activated in the model rat group
and inhibited in the CAY10683 treatment group.

Previous studies have proved that HDAC2 can affect the
histone level and dissociate histone H3 from the DNA mole-
cule, thereby reducing the expression of the DNA molecule
[40, 41]. In this study, we studied the mechanism of the
HDAC2 level affecting apoptosis through regulating acety-
lated histone H3. When compared with the control group,
the level of AH3 was increased in the TNF-α/D-Gal group.
CAY10683 could significantly enhance the AH3 protein
level compared with the TNF-α/D-Gal group without
CAY10683. Likewise, in the HDAC2-LV-down or
HDAC2-LV-up group, the AH3 protein level was upregu-
lated or downregulated, respectively. Either in the
HDAC2-LV-down or HDAC2-LV-up group, TNF-α/D-
Gal could increase the AH3 protein level.

In fact, this preliminary study only demonstrated that
inhibition of HDAC2 expression could alleviate apoptosis
in acute liver failure. The mitochondrial apoptosis pathway
included proapoptosis molecules (such as BMF, bid, bax,
and bak) and antiapoptosis molecules (such as bcl-2 and
bcl-xl). The mechanisms of modulations of HDAC2 effects
on the specific antiapoptotic and/or proapoptotic molecules
are still unknown. In addition, whether HDAC2 deacetylates
histone H3 on some key molecule promoters, such as miR-
155 [12], consequently affecting the apoptosis, needs to be
further studied. In conclusion, modulations of histone dea-
cetylase 2 via the mitochondrial apoptosis pathway offer a
protective effect in acute liver failure. It is suggested that

inhibiting the expression of HDAC2 could be a therapeutic
agent for treating ALF.

Data Availability

The histological examination, electron microscopy examina-
tion, biochemical index detection, PCR data, and WB data
used to support the findings of this study are included within
the article. There is no restriction on data access.

Ethical Approval

This study was approved by the Institutional Animal
Care and Use Committee of Renmin Hospital of Wuhan
University.

Disclosure

The manuscript was presented as an abstract at the follow-
ing URL https://link.springer.com/content/pdf/10.1007%
2Fs12072-019-09936-5.pdf. We updated the manuscript
accordingly. Hindawi Publishing Group reserves the right
to interpret this manuscript.

Conflicts of Interest

The authors declare that they have no conflicts of interest.

Acknowledgments

This work was supported by the Natural Science Foundation
of China (81870413) and Fundamental Research Funds for
the Central Universities (2042018kf0187). The authors
would like to thank the central laboratory at Renmin Hospi-
tal of Wuhan University (Wuhan, Hubei, China) for their
support of our study.

References

[1] W. Bernal, G. Auzinger, A. Dhawan, and J. Wendon,
“Acute liver failure,” The Lancet, vol. 376, no. 9736,
pp. 190–201, 2010.

[2] S. H. Slofstra, H. Cate, and C. A. Spek, “Low dose endotoxin
priming is accountable for coagulation abnormalities and
organ damage observed in the Shwartzman reaction. A com-
parison between a single-dose endotoxemia model and a
double-hit endotoxin-induced Shwartzman reaction,” Throm-
bosis Journal, vol. 4, no. 1, p. 13, 2006.

[3] S. N. Lichtman, J. Wang, C. Zhang, and J. J. Lemasters, “Endo-
cytosis and Ca2+ are required for endotoxin-stimulated TNF-
alpha release by rat Kupffer cells,” The American Journal of
Physiology, vol. 271, no. 5, Part 1, pp. G920–G928, 1996.

[4] J. H. Yoon and G. J. Gores, “Death receptor-mediated apopto-
sis and the liver,” Journal of Hepatology, vol. 37, no. 3, pp. 400–
410, 2002.

[5] M. E. Guicciardi and G. J. Gores, “Apoptosis as a mechanism
for liver disease progression,” Seminars in Liver Disease,
vol. 30, no. 04, pp. 402–410, 2010.

[6] H. Malhi, G. J. Gores, and J. J. Lemasters, “Apoptosis and
necrosis in the liver: a tale of two deaths?,” Hepatology,
vol. 43, no. S1, pp. S31–S44, 2006.

15Oxidative Medicine and Cellular Longevity

https://link.springer.com/content/pdf/10.1007%2Fs12072-019-09936-5.pdf
https://link.springer.com/content/pdf/10.1007%2Fs12072-019-09936-5.pdf


[7] R. U. Janicke, M. L. Sprengart, M. R. Wati, and A. G. Porter,
“Caspase-3 is required for DNA fragmentation and morpho-
logical changes associated with apoptosis,” Journal of Biologi-
cal Chemistry, vol. 273, no. 16, pp. 9357–9360, 1998.

[8] L. Y. Chen, B. Yang, L. Zhou, F. Ren, Z. P. Duan, and Y. J. Ma,
“Promotion of mitochondrial energy metabolism during
hepatocyte apoptosis in a rat model of acute liver failure,”
Molecular Medicine Reports, vol. 12, no. 4, pp. 5035–5041,
2015.

[9] M. E. Guicciardi and G. J. Gores, “Apoptosis: a mechanism of
acute and chronic liver injury,” Gut, vol. 54, no. 7, pp. 1024–
1033, 2005.

[10] N. M. Khan and T. M. Haqqi, “Epigenetics in osteoarthritis:
potential of HDAC inhibitors as therapeutics,” Pharmacologi-
cal Research, vol. 128, pp. 73–79, 2018.

[11] L. Bosch-Presegue and A. Vaquero, “Sirtuin-dependent epige-
netic regulation in the maintenance of genome integrity,” The
FEBS Journal, vol. 282, no. 9, pp. 1745–1767, 2015.

[12] S. Chang, R. H. Wang, K. Akagi et al., “Tumor suppressor
BRCA1 epigenetically controls oncogenic microRNA-155,”
Nature Medicine, vol. 17, no. 10, pp. 1275–1282, 2011.

[13] L. Zhang, J. Wan, R. Jiang et al., “Protective effects of trichos-
tatin A on liver injury in septic mice,” Hepatology Research:
The Official Journal of the Japan Society of Hepatology,
vol. 39, no. 9, pp. 931–938, 2009.

[14] S. J. Kim, J. S. Park, D. W. Lee, and S. M. Lee, “Trichostatin A
protects liver against septic injury through inhibiting toll-like
receptor signaling,” Biomolecules & Therapeutics, vol. 24,
no. 4, pp. 387–394, 2016.

[15] L. Barbier-Torres, N. Beraza, P. Fernández-Tussy et al., “His-
tone deacetylase 4 promotes cholestatic liver injury in the
absence of prohibitin-1,” Hepatology, vol. 62, no. 4, pp. 1237–
1248, 2015.

[16] Q. Zhang, F. Yang, X. Li et al., “Trichostatin A protects against
experimental acute-on-chronic liver failure in rats through
regulating the acetylation of nuclear factor-κB,” Inflammation,
vol. 38, no. 3, pp. 1364–1373, 2015.

[17] Y. Wang, H. Chen, Q. Chen, F. Z. Jiao, W. B. Zhang, and
Z. J. Gong, “The protective mechanism of CAY10683 on
intestinal mucosal barrier in acute liver failure through
LPS/TLR4/MyD88 pathway,” Mediators of Inflammation,
vol. 2018, Article ID 7859601, 11 pages, 2018.

[18] Y.Wang, F. Yang, J. Xue et al., “Antischistosomiasis liver fibro-
sis effects of chlorogenic acid through IL-13/miR-21/Smad7
signaling interactions in vivo and in vitro,” Antimicrobial
Agents and Chemotherapy, vol. 61, no. 2, article e01347-16,
2017.

[19] H. A. Cai, X. Tao, L. J. Zheng et al., “Ozone alleviates ischemia-
reperfusion injury by inhibitingmitochondrion-mediated apo-
ptosis pathway in SH-SY5Y cells,” Cell Biology International,
2018.

[20] K. Streetz, L. Leifeld, D. Grundmann et al., “Tumor necrosis
factor alpha in the pathogenesis of human and murine fulmi-
nant hepatic failure,” Gastroenterology, vol. 119, no. 2,
pp. 446–460, 2000.

[21] L. Li, Z. Wu, W. Ma, Y. Yu, and Y. Chen, “Changes in
intestinal microflora in patients with chronic severe hepati-
tis,” Chinese Medical Journal, vol. 114, no. 8, pp. 869–872,
2001.

[22] Y. Wang, J. Xie, Y. Li et al., “Probiotic Lactobacillus casei
Zhang reduces pro-inflammatory cytokine production and

hepatic inflammation in a rat model of acute liver failure,”
European Journal of Nutrition, vol. 55, no. 2, pp. 821–831,
2016.

[23] J. Zhang, D. Liu, M. Zhang, and Y. Zhang, “Programmed
necrosis in cardiomyocytes: mitochondria, death receptors
and beyond,” British Journal of Pharmacology, 2018.

[24] B. Bonneau, J. Prudent, N. Popgeorgiev, and G. Gillet, “Non-
apoptotic roles of Bcl-2 family: the calcium connection,” Bio-
chimica et Biophysica Acta (BBA) – Molecular Cell Research,
vol. 1833, no. 7, pp. 1755–1765, 2013.

[25] J. Estaquier, F. Vallette, J. L. Vayssiere, and B. Mignotte, “The
mitochondrial pathways of apoptosis,” Advances in Experi-
mental Medicine and Biology, vol. 942, pp. 157–183, 2012.

[26] Y. P. Wang, W. Q. Gao, X. Y. Shi et al., “Chemotherapy drugs
induce pyroptosis through caspase-3 cleavage of a gasdermin,”
Nature, vol. 547, no. 7661, pp. 99–103, 2017.

[27] J. M. Stevens, “Cytochrome c as an experimental model pro-
tein,” Metallomics, vol. 3, no. 4, pp. 319–322, 2011.

[28] J. Martínez-Fábregas, I. Díaz-Moreno, K. González-Arzola
et al., “Structural and functional analysis of novel human cyto-
chrome C targets in apoptosis,” Molecular & Cellular Proteo-
mics, vol. 13, no. 6, pp. 1439–1456, 2014.

[29] T. T. Renault and S. Manon, “Bax: addressed to kill,” Biochi-
mie, vol. 93, no. 9, pp. 1379–1391, 2011.

[30] M. Aghajanpour, M. R. Nazer, Z. Obeidavi, M. Akbari,
P. Ezati, and N. M. Kor, “Functional foods and their role in
cancer prevention and health promotion: a comprehensive
review,” American Journal of Cancer Research, vol. 7, no. 4,
pp. 740–769, 2017.

[31] Q. Zhang, F. Yang, X. Li et al., “Trichostatin A protects against
intestinal injury in rats with acute liver failure,” The Journal of
Surgical Research, vol. 205, no. 1, pp. 1–10, 2016.

[32] M. Lernoux, M. Schnekenburger, M. Dicato, and
M. Diederich, “Anti-cancer effects of naturally derived com-
pounds targeting histone deacetylase 6-related pathways,”
Pharmacological Research, vol. 129, pp. 337–356, 2018.

[33] S. Saito, Y. Zhuang, B. Shan et al., “Tubastatin ameliorates pul-
monary fibrosis by targeting the TGFβ-PI3K-Akt pathway,”
PLoS One, vol. 12, no. 10, article e0186615, 2017.

[34] K. Krukowski, J. Ma, O. Golonzhka et al., “HDAC6 inhibition
effectively reverses chemotherapy-induced peripheral neurop-
athy,” Pain, vol. 158, no. 6, pp. 1126–1137, 2017.

[35] W. B. Zhang, H. Y. Zhang, F. Z. Jiao, L. W. Wang, H. Zhang,
and Z. J. Gong, “Histone deacetylase 6 inhibitor ACY-1215
protects against experimental acute liver failure by regulating
the TLR4-MAPK/NF-κB pathway,” Biomedicine & Pharmaco-
therapy, vol. 97, pp. 818–824, 2018.

[36] H. Zhang, X. Li, Q. Zhang et al., “Role of histone deacetylase
expression levels and activity in the inflammatory responses
of patients with chronic hepatitis B,” Molecular Medicine
Reports, vol. 15, no. 5, pp. 2744–2752, 2017.

[37] S. Samanta, Z. Zhou, S. Rajasingh, A. Panda, V. Sampath, and
J. Rajasingh, “DNMT and HDAC inhibitors together abrogate
endotoxemia mediated macrophage death by STAT3-JMJD3
signaling,” The International Journal of Biochemistry & Cell
Biology, vol. 102, pp. 117–127, 2018.

[38] Y. F. Chen, J. du, Y. T. Zhao et al., “Histone deacetylase
(HDAC) inhibition improves myocardial function and pre-
vents cardiac remodeling in diabetic mice,” Cardiovascular
Diabetology, vol. 14, no. 1, p. 99, 2015.

16 Oxidative Medicine and Cellular Longevity



[39] X. Qu, M. Pröll, C. Neuhoff et al., “Sulforaphane epigenetically
regulates innate immune responses of porcine monocyte-
derived dendritic cells induced with lipopolysaccharide,” PLoS
One, vol. 10, no. 3, article e0121574, 2015.

[40] J. Graff and L. H. Tsai, “Histone acetylation: molecular mne-
monics on the chromatin,” Nature Reviews Neuroscience,
vol. 14, no. 2, pp. 97–111, 2013.

[41] A. M. Fortress, J. Kim, R. L. Poole, T. J. Gould, and K. M. Frick,
“17β-Estradiol regulates histone alterations associated with
memory consolidation and increases Bdnf promoter acetyla-
tion in middle-aged female mice,” Learning Memory, vol. 21,
no. 9, pp. 457–467, 2014.

17Oxidative Medicine and Cellular Longevity



Review Article
Crosstalk between Calcium and ROS in
Pathophysiological Conditions

Simona Feno, Gaia Butera, Denis Vecellio Reane, Rosario Rizzuto , and Anna Raffaello

Department of Biomedical Sciences, University of Padova, via U. Bassi 58/b, 35131 Padova, Italy

Correspondence should be addressed to Rosario Rizzuto; rosario.rizzuto@unipd.it and Anna Raffaello; anna.raffaello@unipd.it

Received 24 January 2019; Accepted 1 April 2019; Published 24 April 2019

Guest Editor: Ulrike Hendgen-Cotta

Copyright © 2019 Simona Feno et al. This is an open access article distributed under the Creative Commons Attribution
License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is
properly cited.

Calcium ions are highly versatile intracellular signals that regulate many cellular processes. The key to achieving this pleiotropic role
is the spatiotemporal control of calcium concentration evoked by an extensive molecular repertoire of signalling components.
Among these, reactive oxygen species (ROS) signalling, together with calcium signalling, plays a crucial role in controlling
several physiopathological events. Although initially considered detrimental by-products of aerobic metabolism, it is now widely
accepted that ROS, in subtoxic levels, act as signalling molecules. However, dysfunctions in the mechanisms controlling the
physiological ROS concentration affect cellular homeostasis, leading to the pathogenesis of various disorders.

1. Calcium Homeostasis

Calcium ions (Ca2+) are one of the most crucial intracellular
second messengers, involved in a plethora of cellular func-
tions including cell survival and death, muscle contraction,
regulation of metabolism, and gene expression [1]. To con-
trol these highly specialized functions, cells have developed
sophisticated mechanisms to decode frequency-encoded
Ca2+ signals [1].

The spatiotemporal regulation of cytosolic Ca2+ concen-
tration ([Ca2+]cyt) relies on two key requirements. The first
is the cooperation of two different sources of Ca2+ in the
generation of [Ca2+]cyt fluctuations: the extracellular
medium, a virtually unlimited reservoir with a [Ca2+] of
∼1mM [2], and the intracellular stores which are endowed
with a Ca2+ > 100 μM, which allow rapid release of Ca2+

through store-resident channels [2]. The second require-
ment is the existence of a broad range of molecules that
generate and decode [Ca2+]cyt variations, such as pumps,
channels, Ca2+-binding signalling molecules, enzymes, and
buffering proteins [2].

Once having entered the cytosol, Ca2+ exerts its allosteric
regulatory effects on many enzymes and proteins, impacting

nearly every aspect of cellular life [3]. This is corroborated by
the amount of energy that cells invest to maintain this strictly
regulated [Ca2+]. Importantly, while complex molecules
can be chemically altered, the only mechanism that exerts
control over Ca2+ are chelation, subcellular compartmen-
talization and cell extrusion. The consequence is a very
steep [Ca2+] gradient across the plasma membrane and
the intracellular stores [3]. In resting cells, [Ca2+]cyt are
maintained within very low values of ∼100 nM, while the
extracellular space generally presents a [Ca2+] of over 1mM
[2]. Different channels in the plasma membrane regulate
Ca2+ entry from the extracellular space. Among these are the
voltage-operated calcium channels (VOCCs), the receptor-
operated calcium channels (ROCCs), the store-operated
calcium channels (SOCCs), and the second messenger-
operated calcium channels (SMOCs) that, according to the
stimuli evoking channel activation, allow Ca2+ entry through
the plasma membrane [3].

As mentioned above, Ca2+ is also efficiently stored in
intracellular compartments that serve as the main sources
of releasable Ca2+ for eliciting crucial cellular functions [3].
The most important intracellular store is the endoplasmic
reticulum (ER) and its specialized counterpart in muscle
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cells, the sarcoplasmic reticulum (SR). In these compart-
ments, [Ca2+] can reach ∼0.8mM, depending on the cell type.
Rapid release of Ca2+ from these compartments ensures
[Ca2+]cyt rises required for specific cellular functions [3]
and is controlled by two large families of channels: the inosi-
tol 1,4,5-trisphosphate receptor (InsP3R) and ryanodine
receptor (RYR) families [4].

The agonist of IP3R is generated by the phospholipase C
(PLC) enzymatic activity. This enzyme usually undergoes a
receptor-promoted activation, and it hydrolyses its substrate
phosphatidylinositol 4,5-bisphosphate (PIP2) in diacylglyc-
erol (DAG) and inositol 1,4,5-trisphosphate (InsP3) [5].
The interaction of InsP3 with its receptors (InsP3Rs) induces
Ca2+ release to the cytosol [6]. Ca2+ itself regulates the
InsP3Rs’ open probability, activating InsP3Rs at increasing
[Ca2+] up to a specific [Ca2+] threshold, above which further
increases in [Ca2+] play an inhibitory function [2]. The
InsP3R family displays a broad tissue distribution and
comprises three isoforms, InsP3R1, InsP3R2, and InsP3R3,
which show different expression profiles among different
tissues. Of note, InsP3R1 is most abundant in the central
nervous system (CNS) and InsP3R2 is ubiquitously
expressed among tissues and is the most abundant isoform
in cardiac muscle [7]. InsP3Rs form heterotetramers, whose
activity displays unique properties and responsiveness to
ATP, Ca2+, and InsP3 [8].

RyRs are structurally and functionally analogous to
InsP3Rs, although they have approximately twice the conduc-
tance and molecular mass of InsP3Rs. RyRs are transmem-
brane proteins located in the ER/SR membrane, activated by
the alkaloid ryanodine and by Ca2+ itself. Although Ca2+ is a
major triggering ligand, several other players modulate RyRs’
activity, such as the dihydropyridine receptor (DHPR; also
known as L-type Ca2+ channel, CaV1.1/1.2), protein kinase
A (PKA), calmodulin (CaM), Ca2+/calmodulin-dependent
protein kinase II (CaMKII), calsequestrin (CSQ), and the
FK506-binding protein (FKBP12) [9]. Similarly to InsP3Rs,
RyRs include three isoforms (RyR1-3), but, unlike the
InsP3Rs that are widely expressed among tissues, RyR1-3
are almost exclusively expressed in excitable cell types. In
detail, RyR1 is particularly enriched in skeletal muscle, RyR2
in cardiac muscle, and RyR3 is expressed more widely,
although higher levels are found in the brain [6].

Once Ca2+ has carried out its signalling functions, it has
to be rapidly removed from the cytosol by extrusion to the
extracellular space or by compartmentalization to intracellu-
lar stores. This is achieved thanks to the activity of various
pumps and exchangers, allowing intracellular [Ca2+] to
return to its resting condition [3]. ATPase pumps compart-
mentalize Ca2+ into the ER/SR stores via the activity of ER/SR
Ca2+ ATPase pumps (SERCAs) or extrude Ca2+ in the extra-
cellular milieu via plasma membrane Ca2+ ATPases (PMCA
pumps) by exploiting ATP-derived energy. A second mecha-
nism utilizes the electrochemical gradient of Na+ across the
plasma membrane to provide the energy to transport Ca2+

to the extracellular space through the Na+/Ca2+ (NCX) and
Na+/Ca2+-K+ exchangers (NCKX) [3].

In addition, many studies have highlighted a role in
regulation of [Ca2+]cyt also for other membrane-bound

compartments such as the Golgi apparatus, endolysosomes,
and mitochondria [6]. Among these organelles, mitochon-
dria are recognized as crucial regulators of cellular Ca2+

homeostasis. Indeed, mitochondrial Ca2+ uptake regulates
many cellular processes, controlling the delicate balance
between cell survival and death [2]. Moreover, mitochondrial
Ca2+ buffering is involved in the control of Ca2+ gradient in
defined cellular domains [2]. This is possible thanks to a stra-
tegic localization of mitochondria to the Ca2+ release units of
the ER/SR that contributes to shape both the amplitude and
the spatiotemporal patterns of cellular Ca2+ responses [3].

1.1. Mitochondrial Ca2+ Signalling. Over the past 60 years,
intense research has defined the basic properties of mito-
chondria in Ca2+ handling. These studies have highlighted
the role of mitochondria in decoding the cytosolic Ca2+ oscil-
lations and in the regulation of cellular Ca2+ homeostasis [3].
The first evidence that mitochondria can take up Ca2+ dates
back to the 60s, when pioneering studies demonstrated that
energized mitochondria can rapidly and efficiently accumu-
late Ca2+ [10, 11]. The formulation of the chemiosmotic the-
ory, together with the measurement of the mitochondrial
membrane potential (ΔΨm), led to the concept of an energet-
ically favourable Ca2+ uptake mechanism [12, 13]. The gen-
eration of an internal negative electrochemical gradient by
the mitochondrial respiratory chain, indeed, provides the
thermodynamic basis for cation accumulation into the
organelle matrix [13]. However, further characterizations of
the mitochondrial Ca2+ uptake demonstrated that, despite
the high selectivity of the mitochondrial Ca2+ uniporter
(MCU) for Ca2+, measured by direct mitoplast patch-clamp
of mitoplasts (dissociation constant Kd ≤ 2 nM) [14], the
apparent mitochondrial affinity for Ca2+ was very low at
physiological [Ca2+] [15]. Since cytosolic [Ca2+] is about
10-100 nM in resting conditions and reaches values of
2-3μM during cell stimulation, the role of mitochondria
in Ca2+ homeostasis was considered marginal. Therefore,
the plasma membrane and the ER became the major
players in the Ca2+ signalling scene [15]. The situation
reversed when tools to perform reliable measurement of
[Ca2+] in intact living cells were developed, allowing to
uncover the role of mitochondria in Ca2+ handling
[16, 17]. Indeed, while [Ca2+]mit in basal resting condition
is very low, comparable to the cytosolic one (10-100 nM),
upon cell stimulation, mitochondria are able to rapidly
and efficiently accumulate Ca2+ at levels that exceed that
of the bulk cytosol that, in some cell lines, can reach also
[Ca2+] of 100μM [16]. The discrepancy between the low
affinity of mitochondrial Ca2+ uptake and the prompt
response of mitochondria to [Ca2+] increases was later solved
by the demonstration that mitochondria are located in close
proximity to the Ca2+ channels that elicit the rise in [Ca2+]cyt,
the InsP3Rs, and the RYRs on the ER and SR [18, 19].
Indeed, these quasi-synaptic junctions with the ER/SR
membranes allow mitochondria to directly sense local high
[Ca2+] compatible with the low affinity of the MCU and that
dissipates rapidly, thus preventing mitochondrial Ca2+

overload or vicious Ca2+ cycling across the mitochondrial
membrane [18, 19].
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Although the process of mitochondrial calcium uptake is
prevalently studied at the level of the solutes impermeable
inner mitochondrial membrane (IMM), the ability of Ca2+

to cross the outer mitochondrial membrane (OMM) plays a
crucial role. The OMM permeability to solutes is prevalently
due to the high expression of the voltage-dependent ion
channels (VDACs), permeable to solutes smaller than
5 kDa and, thus, also Ca2+ [20]. Three different VDAC iso-
forms, VDAC1, VDAC2, and VDAC3, have been identified.
VDAC1, the best characterized isoform [21], acts as a mito-
chondrial gatekeeper, controlling the metabolic and energy
crosstalk between the mitochondria and the rest of the cell
[21]. Furthermore, it has been also shown that VDACs’
expression levels can limit calcium accumulation inside the
matrix. It was demonstrated, indeed, that VDAC overexpres-
sion augments agonist-dependent rises in [Ca2+]mit, whereas
VDAC downregulation has the opposite effect [22, 23].

1.2. The Mitochondrial Ca2+ Uniporter Complex: Structural
and Functional Complexity. The molecular identity of the
protein responsible for mitochondrial Ca2+ uptake, MCU,
was uncovered only in 2011 by two different groups
[24, 25], marking a turning point in the study of the
pathophysiological roles of mitochondrial Ca2+ uptake.
The characterization of the MCU revealed that this channel
is a high-molecular-weight complex composed of both
pore-forming and regulatory subunits [1].

From the primary amino acidic sequence analysis, MCU
consists of two transmembrane domains spanning the IMM
(Figure 1 and [1]). Soon after its discovery, it was clear that
the MCU was part of a macromolecular complex since it
lacks classical Ca2+-binding domains and the loop region that
faces the intermembrane space (IMS) appears to be too small
to contain regulatory elements [1]. This was confirmed by
blue native gel separation experiments of purified mitochon-
dria that display a high-molecular-weight complex contain-
ing MCU with an apparent molecular weight of about
450 kDa, suggesting that many other proteins are part of
the channel [24, 26–28].

Recently, theMCU protein structure was solved by differ-
ent laboratories. First, MCU was shown to be a pentamer of
the MCU homolog from Caenorhabditis elegans deleted of
the N-terminal domain, which was defined by using nuclear
magnetic resonance (NMR) and negative-stain electron
microscopy [29]. Recently, four independent groups charac-
terized the structure full-length Fungi homologs of MCU by
Cryo-EM and/or X-ray diffraction approaches [30–33].
Unlike the previous study, they found a tetrameric architec-
ture. Since these Fungi MCU homologs share only about
40% of similarity with metazoan MCU, prevalently con-
served in the transmembrane regions and in the coiled-coil
domains, Baradaran and coworkers performed Cryo-EM
studies also on zebrafish MCU homolog, which displays a
higher similarity with human MCU (91%). Although the
resolution obtained is lower (8.5Å), the overall structure is
similar to that of Fungi MCU and also displays a tetrameric
architecture [30]. Interestingly, the conserved DIME motif
that connects the two transmembrane domains appears to
be part of the second transmembrane domain and seems to

confer Ca2+ selectivity to the MCU. The N-terminal domain
is poorly conserved in these MCU homologs, but the human
NTD of MCU was previously crystallized [34].

After the discovery of MCU, we have witnessed an explo-
sion of studies aimed at clarifying the composition of the
channel and the regulation of its activity. These studies dem-
onstrated that three proteins compose the protein structure
that spans the IMM:MCU,MCUb, and EMRE. Furthermore,
three regulatory subunits were identified (MICU1, MICU2,
and MICU3).

EMRE (“essential MCU regulator”) is a 10 kDa,
metazoan-specific protein with a single transmembrane
domain that spans the IMMwith a highly acidic carboxyl ter-
minus (Figure 1 and [28]). This protein has been proposed to
play a dual function in the regulation of MCU activity. First,
it seems required for MCU channel activity since its silencing
abrogates mitochondrial Ca2+ uptake [28], although experi-
ments in the planar lipid bilayer demonstrated that mouse
MCU alone is sufficient to give rise to Ca2+ currents [25]. Sec-
ond, EMRE seems fundamental in mediating the interaction
between MCU and the regulatory subunits MICU1 and
MICU2 [28], although it has also been observed that MICU1
is sufficient to induce MCU channel activity [26]. In addition,
in yeast cells that do not present mitochondrial Ca2+ uptake,
the Dictyostelium discoideum MCU homolog conducts Ca2+

in the absence of an EMRE homolog while human MCU
requires the presence of EMRE to act as a functional channel
[35]. Very recently, it was shown that the acidic C-terminal
domain functions as a matrix Ca2+ sensor that regulates the
MCU activity. In this model, EMRE acts, together with
MICU1, as a regulatory complex able to sense [Ca2+] at both
sides of IMM [36]. Nevertheless, these data were questioned
by a study showing that EMRE displays a different topology
across the IMM [37]. Future experiments will clarify the role
of EMRE in the regulation of MCU channel activity.

MCUb is a MCU isoform conserved in most vertebrates
and in many plants but absent in other organisms where
the MCU is present (Figure 1 and [38]). MCU and MCUb
share 50% sequence similarity, and each possesses two
transmembrane domains separated by a short loop almost
identical between the two [38]. Despite the huge sequence
similarity in the transmembrane domains, MCUb displays
altered ion permeation, given to two conserved amino acid
substitutions in close proximity of the conserved DIMEmotif
that drastically reduces the conductivity of the channel [38].
Specifically, the Arg 251 and Glu 256 residues are mutated
in Trp and Val, respectively (R251W and E256V). These sub-
stitutions drastically reduce conductivity of the channel
reducing [Ca2+]mituptake [38]. According to this evidence,
in living cells, the overexpression of MCUb reduces the
amplitude of [Ca2+]mit transients evoked by agonist stimula-
tion and MCUb silencing elicits the opposite effect, suggest-
ing that this protein acts as a dominant-negative subunit
that incorporates into the channel and reduces its activity
[38]. Interestingly, MCU and MCUb expression profiles
widely differ among tissues, possibly providing an intrinsic
regulatory mechanism to set the mitochondrial responsive-
ness to Ca2+-mediated signals in a defined cell type [38].
Consistently, tissues characterized by low mitochondrial
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Ca2+ transients, such as the heart, exhibit a low MCU/MCUb
ratio, while others, such as skeletal muscle, display a higher
ratio and high mitochondrial Ca2+ uptake levels [38].

1.3. MCU-Associated Regulators. One of the key features of
mitochondrial Ca2+ uptake is its sigmoidal response to
extra-mitochondrial [Ca2+]. At resting [Ca2+]cyt, mitochon-
drial Ca2+ uptake is inhibited, despite the steep ΔΨm [3]. This
property prevents matrix Ca2+ overload and the dissipation
of the ΔΨm, leading to deleterious effects of Ca2+ cycling
and matrix overload. At higher [Ca2+]cyt, when cells are stim-
ulated, mitochondria have to respond promptly, increasing
the Ca2+-carrying capacity [3]. The lack of Ca2+-sensing
domains in the MCU protein sequence, as mentioned above,
suggested the existence of a highly sophisticated gatekeeping
mechanism, including both negative modulators, acting at
low [Ca2+], and activators able to induce Ca2+ uptake during
cell stimulation. Accordingly, it was shown that the regula-
tion of the MCU complex activity is possible thanks to the
MICU (mitochondrial calcium uptake) family of intermem-
brane space (IMS) proteins, composed by MICU1, MICU2,
and MICU3 [39]. These three regulators share common
features: they are localized to mitochondria, they display
EF-hand Ca2+-binding domains in their protein sequence,
and they interact with MCU (Figure 1) [39].

MICU1 (mitochondrial calcium uptake 1) was identified
even before the identification of MCU as a critical modulator
of mitochondrial Ca2+ uptake (Figure 1 and [40]). MICU1
was initially proposed to be required for mitochondrial
Ca2+ uptake, since its silencing was sufficient to abolish mito-
chondrial Ca2+ entry in intact and permeabilized cells [40].

This evidence was questioned by other laboratories that
showed that MICU1 silencing is sufficient to induce mito-
chondrial Ca2+ overload, suggesting that MICU1 could play
a gatekeeping role in preventing mitochondrial Ca2+ uptake
at low [Ca2+]cyt, while playing a minor role at higher [Ca2+]cyt
[41]. The identification of MICU1 loss-of-function
mutations in patients affected by a disease characterized by
proximal myopathy, learning difficulties, a progressive extra-
pyramidal movement disorder, and increased mitochondrial
Ca2+ load supported this hypothesis [42]. The gatekeeper role
of MICU1 was confirmed by Csordás and coworkers [43].
They also showed that silencing of MICU1 highly affects
the cooperativity of mitochondrial Ca2+ uptake, thus hypoth-
esizing that MICU1 could play a dual function depending
on [Ca2+]cyt.

Very recently, Csordás et al.s’ group dissected the
mechanism that allows MICU1 to interact with MCU, to
regulate mitochondrial Ca2+ entry and the sensitivity to
ruthenium red/Ru360 (RuRed/Ru360), a compound that
inhibits the activity of the uniporter [44]. Indeed, a struc-
tural and functional interaction of the DIME motif of
MCU was reported, identified as the selectivity filter,
with a domain of MICU1, named DID, as the DIME-
interacting domain. The interaction between these two
domains appears to be fundamental for ensuring both
the threshold and cooperative activation of the MCU
complex-mediated Ca2+ uptake and thus to avoid mito-
chondrial Ca2+ overload [44]. Furthermore, the DID motif
limits the access of RuRed/Ru360 to its target site in the
DIME domain of MCU since MICU1 removal can sensi-
tize mitochondria to inhibition by this compound, thus
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Figure 1: Schematic representation of the mitochondrial Ca2+ uniporter (MCU) complex. The MCU complex is composed by pore-forming
subunits (that comprise the channel subunits MCU, the dominant-negative subunits MCUb, and the transmembrane regulator EMRE) and
regulatory subunits (MICU1 and MICU2). MICU1 and MICU2 sense, through EF-hand domains, the increase of Ca2+ levels in the
intermembrane space (IMS). In resting conditions (on the left), MICU1-MICU2 heterodimers act as gatekeeper of the channel, thus
preventing Ca2+ vicious cycling and mitochondrial matrix overload. Increases in calcium concentration as a result of cell stimulation
(on the right) not only release the inhibitory function of the MICU1-MICU2 heterodimers but also further stimulate MCU channel
opening, ensuring the prompt response of mitochondrial metabolism to cell stimulation.
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predicting a different RuRed/Ru360 sensitivity of the MCU
complex in various tissues, in light of recent data on tissue-
specific differences in MICU1 abundance relative to MCU
[45].

In addition to MICU1, other MCU complex compo-
nents have also been discovered. Two paralogs of MICU1,
originating from a gene duplication event prior to verte-
brate evolution, were identified: MICU2 (Figure 1 and
[27]), which displays a tissue expression pattern similar to
that of MICU1, and MICU3, whose expression is restricted
to the nervous system (NS) and, at lower levels, to the skeletal
muscle [27].

MICU2 discovery [27] helped to clarify the mechanism
responsible for the sigmoidal response of the MCU to extra-
mitochondrial [Ca2+] that allows on the one hand minimal
Ca2+ uptake in the presence of a very large driving force for
cation accumulation thus preventing mitochondrial Ca2+

overload and on the other hand ensures rapid Ca2+ accumu-
lation during cell stimulation. Importantly, MICU2 protein
stability depends on that of MICU1 [26, 27, 46], since
MICU1 silencing induces MICU2 protein degradation, sug-
gesting that the effect of MICU1 silencing on mitochondrial
Ca2+ uptake could be due also to the concomitant disappear-
ance of MICU2 protein. Notably, MICU1 and MICU2 have
been shown to form an obligate heterodimer through the
formation of a disulphide bond [26], which is regulated by
the mitochondrial oxidoreductase Mia40 [47].

MICU2wasdemonstrated to act as the genuine gatekeeper
of the MCU at low [Ca2+]cyt [26]. As soon as extramitochon-
drial [Ca2+] increases, Ca2+-dependent MICU2 inhibition
and MICU1 activation guarantee the prompt response of
rapid mitochondrial Ca2+ accumulation (Figure 1 and [26]).

Recently, an alternative splice variant of MICU1, named
MICU1.1, was identified and characterized [48]. It has been
shown that the expression of this splice variant varies greatly
among tissues. Indeed, MICU1.1 is present only in skeletal
muscle, where it is the predominant isoform, and lower levels
are found in the brain, suggesting tissue-specific functions.
MICU1.1 is characterized by the addition of a micro-exon
coding for four amino acids (EFWQ) far from the EF-hand
domains, which greatly modifies the properties of the protein.
In detail, MICU1.1 can bind Ca2+ one order of magnitude
more efficiently than MICU1 and, when heterodimerized
with MICU2, activates MCU current at lower [Ca2+] than
MICU1-MICU2 heterodimers [48].

How the MICU1.1 extra exon impact on MICU1 struc-
ture and modifies the Ca2+-binding affinity of the EF-hand
domains remains unaccounted. In this regard, the domain
that contains the extra exon was not resolved in the MICU1
crystal structure, suggesting that it is part of a highly flexible
region [49]. This can suggest a putative role of this protein
domain in protein-protein interactions, which can modify
the MICU1 modulatory properties.

It was hypothesized that the inclusion of this splice vari-
ant in the MCU complex could represent an important
mechanism in excitable tissues, where fast Ca2+ transients
occur. Indeed, in skeletal muscle, the prevalent expression
of MICU1.1 allows a prompter response of mitochondria
metabolism to [Ca2+] [48], ensuring a sustained ATP

production during contraction, since mitochondrial Ca2+

positively regulates the activity of three key dehydrogenases
of the tricarboxylic acid (TCA) cycle: pyruvate, isocitrate,
and α-ketoglutarate dehydrogenases [50].

MICU3 shares a mitochondrial targeting sequence
(MTS) at the amino terminus and two canonical Ca2+-binding
EF-hand domains with MICU1 and MICU2 [27]. MICU3,
unlike MICU1 and MICU2 that present a ubiquitous and
strongly correlated expression pattern among tissues, is
expressed only in the CNS and, at low levels, in skeletal
muscle [27]. Recently, it was shown that MICU3 exists in a
disulfide bond-mediated dimer only with MICU1 but not
with itself or MICU2 and acts as a highly potent stimulator
of MCU activity, with no gatekeeping function [51]. In this
regard, it was shown that neurons simultaneously express
both MICU1-MICU2 and MICU1-MICU3 heterodimers.
The first avoids low vicious Ca2+ cycling in resting condi-
tions; the latter anticipates MCU opening, activating organ-
elle Ca2+ uptake even in the presence of small and rapid
cytosolic Ca2+ signals. Thus, MICU3 in neurons allows
enhancing MCU opening in order to guarantee organelle
Ca2+ uptake also in response to small and fast increases of
[Ca2+]cyt [51].

Finally, MCUR1, an IMM-integral protein, was initially
reported to function as a regulator of the MCU complex
[52], although this protein was not among the MCU interac-
tors [28]. Furthermore, MCUR1 has a homolog in Saccharo-
myces cerevisiae, an organism that lacks mitochondrial Ca2+

uptake. Its role in MCU complex regulation is highly
debated, since it has been shown, both in yeast and mamma-
lian cells, that it is involved in complex IV assembly [53].
Furthermore, it has been reported that MCUR1 silencing
causes a consistent drop of ΔΨm, with consequent reduction
of mitochondrial Ca2+ uptake [53].

Moreover, recently, Chaudhuri and coworkers found dis-
cordant results. Indeed, they found no significant changes in
ΔΨm and no changes in mitochondrial Ca2+ uptake rates
after manipulating MCUR1 expression, but they demon-
strated that MCUR1 regulates the amount of Ca2+ required
to induce the permeability transition [54].

Therefore, whether this protein controls directly the
activity of MCU or whether it affects mitochondrial Ca2+

uptake by indirectly impinging on mitochondrial bioenerget-
ics is still highly debated.

2. Ca2+ and ROS as a Mutual Interplay

The understanding of the role of mitochondria as integration
points of different cellular signals, and the mechanisms
through which mitochondria translate these stimuli in bio-
logical responses, represents a new challenge in biomedical
research. As discussed above, the ability of mitochondria to
accumulate Ca2+ is fundamental for tissue homeostasis [1].
However, mitochondrial Ca2+ overload leads to reduced
ATP production and sustained opening of the mPTP, a high
conductance channel, whose opening enables the release of
proapoptotic mitochondrial components [55].

Matrix Ca2+, beyond a certain threshold, together with
other causal factors, most notably oxidative stress, high
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phosphate concentrations, and low adenine nucleotide con-
centration, is an essential permissive factor for mPTP open-
ing [55]. This event triggers the so-called mitochondrial
permeability transition that is characterized by a dramatic
increase in the mitochondrial membrane permeability to
any molecule smaller than 1.5 kDa. The consequent dissipa-
tion of the mitochondrial ΔΨm leads to membrane depolari-
zation and mitochondrial swelling, increased mitochondrial
reactive oxygen species (mROS) generation, cytochrome c
release, and apoptosis [55].

The molecular identity of the mPTP is still debated. It
was proposed that the adenosine nucleotide translocase
(ANT), VDAC, and the translocator protein (TSPO) are
essential components of the mPTP [54]. However, biochem-
ical characterization to knockout models of these proteins
suggests that they are dispensable for mPTP activity [56]. It
has been recently proposed that mPTP is generated at the
interface of two adjacent monomers of the F-ATP synthase
through a strictly Ca2+-dependent mechanism, since gel-
excised dimers of F-ATP synthase rapidly give rise to
mPTP-like channels in lipid bilayers [57, 58]. Nevertheless,
the mechanism of PTP formation and activation is still
debated. Detailed discussion of this aspect is beyond the
scope of this review, and readers are referred to specific
contributions on this topic [59–65].

2.1. Mitochondrial ROS Production and Regulation. Mito-
chondria, through the respiratory chain, especially com-
plexes I and III, are considered the main source of
physiological ROS [66]. mROS are generated in both physio-
logical and pathological conditions [66]. Indeed, on the one
hand moderate levels of ROS are involved in cell signalling
by affecting the redox state of signalling proteins, but on
the other hand, when in excess, mROS are among the major
determinants of toxicity in cells and organisms [66].

During respiration, superoxide (O2
-) is produced by par-

tial reduction of molecular oxygen. Subsequently, hydrogen

peroxide (H2O2) is formed by the action of matrix antioxi-
dant defence enzymes as superoxide dismutase (SOD) [66].
H2O2 is transformed in water by glutathione peroxidase
(GPX), peroxiredoxin (PRX), and catalases [66]. The regula-
tion of the activity and the expression levels of these antiox-
idant enzymes are controlled by a plethora of mechanisms
[66]. Under physiological conditions, the balance between
ROS generation and ROS scavenging is highly controlled
(Figure 2). Physiological ROS levels initiate a wide array of
cellular responses, ranging from triggering signalling path-
ways, activation of mitochondrial fission and autophagy,
adaptation to hypoxic condition, and differentiation to
regulation of aging-related processes [67]. In these specific
conditions, ROS production is induced in response to a stress
and it functions as an intermediate signalling to facilitate
cellular adaptation [68].

ROS production, when not compensated by ROS scav-
enging, results in oxidative stress leading to severe cellular
damage and cell death [67]. In this condition, ROS become
causative of several pathological states by the direct modifica-
tion of cellular macromolecules, leading to alterations of the
redox state of factors involved in signal transduction, induc-
ing either hyper- or hypofunctionality of several signalling
pathways [67, 68]. Oxidative stress has been shown to be at
the basis of aging and many pathological disorders. Indeed,
ROS are responsible of cell death in pathological conditions
such as myocardial infarct or stroke [67].

In physiological conditions and in a tissue-specific
manner, mitochondrial Ca2+ uptake, by impinging on
Krebs cycle enzymes and electron transport chain (ETC)
activity, generates a ROS signals [69]. This signalling axis
operates within a physiological window of [Ca2+]. Therefore,
when [Ca2+] overcomes this threshold, mROS production
becomes detrimental and compromises mitochondrial bio-
energetics and cell functions [70, 71]. Mitochondrial Ca2+

may promote mROS formation both directly, by stimulat-
ing mROS-generating enzymes, like glycerol phosphate
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Figure 2: ROS production and scavenging systems. In physiological conditions, the balance between ROS generation and ROS scavenging is
highly controlled. The energy production pathways (TCA cycle and OXPHOS), enzymatic reactions, by-products of metabolic pathways, and
physical or chemical agents can lead to ROS production. As for the ROS-scavenging mechanisms, enzymatic defences and antioxidant
scavengers neutralize the free radical reactions. When an imbalance between ROS production and ROS scavenging occurs, cells undergo
oxidative stress, leading to severe cellular damage, cell death, and consequently whole organ and organism failure.
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and α-ketoglutarate dehydrogenase, and indirectly, as in the
case of nitric oxide synthase (NOS) activation that, by
forming NO, blocks complex IV, leading to excessive mROS
formation [70].

Finally, mitochondrial Ca2+ overload triggers mPTP
opening. Indeed, [Ca2+]cyt increases beyond a certain value
and induces mitochondrial Ca2+ overload, triggering the
mitochondrial “permeability transition.” In this condition,
the mitochondrial membrane becomes permeable to any
molecule less than 1.5 kDa in size. Consequent dissipation
of ΔΨm leads to a permanent membrane depolarization,
decreased ATP production, and eventually cell apoptosis.
Moreover, mitochondrial membrane depolarization leads to
crista unfolding, uncoupling of oxidative phosphorylation,
and the reverse electron transport (RET). RET is evoked
when electrons from ubiquinol are transferred back to respi-
ratory complex I, reducing NAD+ to NADH. This process
generates a significant amount of ROS [56].

Since mitochondrial Ca2+ plays a key role in ROS
production, the cellular redox state can also significantly
modulate Ca2+ signalling [70, 71]. Indeed, it has been clearly
demonstrated that redox equilibrium controls a variety of
receptors, proteins, and other signalling molecules that, in
turn, might directly or indirectly modify components of
Ca2+ signalling pathways, thus altering Ca2+ homeostasis
and reshaping local and global Ca2+ signals [70]. When the
redox equilibrium is disturbed, due to the excessive accumu-
lation or clearance of ROS, many cellular signalling pathways
are influenced, leading to cellular dysfunction and subse-
quently to the development of various pathologies, including
neurodegenerative disorders, cancer, diabetes, atherosclero-
sis, and ischemia/reperfusion (I/R) injury. Therefore, both
mROS and mitochondrial Ca2+ signalling are two functional
entities that strictly cooperate in order to contribute to the
maintenance of cellular homeostasis [71].

Intriguingly, Dong and coworkers analysed the crosstalk
between intracellular ROS levels and [Ca2+]mit, suggesting
that oxidative stress, and thus ROS accumulation, plays a
positive feedback role in modulating MCU activity [72].
Indeed, they observed that MCU activity increases in cells
exposed to endotoxin-mediated oxidative stress, leading to
augmented [Ca2+]mit at resting [Ca2+]cyt. In detail, they
identified a conserved cysteine in metazoan at position 97
(Cys-97) in the NTD of the MCU protein sequence to be
the only reactive thiol in human MCU that undergoes redox
modification (S-glutathionylation). The Cys-97 residue is
surface-exposed and primed for an oxidative posttransla-
tional modification that induces a conformational change of
MCU that promotes the clustering of MCU channels and
their persistent activation [72]. These data suggest that, in
condition of oxidative stress, mROS overproduction in the
mitochondrial matrix perturbs mitochondrial antioxidant
activity resulting in S-glutathionylation of MCU Cys-97.
The conjugation of glutathione causes a conformation
change within the N-terminal domain that appears to
promote MCU channel activity in resting condition. The
increased MCU activity, in turn, enhances the production
of mROS in the mitochondrial matrix in a positive feedback
mechanism, thus leading to perturbation of mitochondrial

bioenergetics and cell functions [72]. Overall, these data
strongly suggest that ROS and mitochondrial Ca2+ signals
are intimately interconnected, leading to a specific and adap-
tive response to given stimuli.

Excessive ROS are recognized as one of the causative fac-
tors in the development of a diverse array of diseases includ-
ing cardiovascular, skeletal muscle, and neurodegenerative
diseases and cancer progression (Figure 3 and [67, 71]). This
review is aimed at describing some pathological conditions
characterized by a dysregulation of mitochondrial Ca2+

uptake associated with an excessive ROS production.

3. Crosstalk of Mitochondrial Ca2+ Uptake and
Mitochondrial Redox
State in Physiopathology

3.1. Heart. Most of the ATP necessary for cardiac excitation
and contraction is synthesized within mitochondria via
oxidative phosphorylation which, as described above, is a
process modulated by Ca2+ [1]. Furthermore, mitochondria
are the major source of ROS that represent by-products
of oxidative phosphorylation [73]. In living cells, and in
particular in cardiac myocytes, ROS are also produced by
extra-mitochondrial sources including NADPH oxidase,
uncoupled NOS, xanthine oxidase, and monoamine oxi-
dase [74]. In physiological conditions, ROS concentration
is tightly regulated by antioxidants keeping them in a
picomolar range. Low concentrations of ROS allow them
to act as second messengers in signal transduction for vascu-
lar homeostasis and cell signalling [73]. In detail, the activity
of redox-sensitive proteins, including Ca2+-handling pro-
teins, contractile proteins, and proteins involved in various
signalling pathways and in transcriptional activities, can be
modulated by ROS [73].

Redox modulation of calcium-handling proteins directly
affects cardiac contraction by altering intracellular calcium
concentration [75]. In detail, ROS can oxidase and directly
enhance the activity of Ca2+/calmodulin-dependent kinase
II (CaMKII) that in turn phosphorylates and activates several
Ca2+-handling proteins such as the cardiac ryanodine recep-
tor RyR2 or cardiac SERCA [76]. Cardiac RyR2 mediates
Ca2+ release to the cytosolic compartment from SR during
excitation-contraction coupling (ECC) and is itself subject
to oxidation that increases RyR2 open probability but
may lead to irreversible activation and Ca2+ leak [77].
Similarly to RyR2, cardiac SERCA, which transfers Ca2+

from the cytosol to the SR at the expense of ATP hydro-
lysis during diastole, might be also directly regulated by
oxidation. In particular, low oxidation levels reversibly
increase SERCA activity whereas higher levels cause irre-
versible inactivation [77].

When the equilibrium between ROS production and
scavenging is altered, ROS can cause damage to lipids, pro-
teins, and DNA by contributing to the development and pro-
gression of cardiovascular diseases such as atherosclerosis,
I/R injury, chronic ischemic heart disease, cardiomyopathy,
heart failure, and arrhythmias [73]. As already discussed in
the previous paragraph, excessive ROS levels is caused not
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only by defective ROS scavenging mechanisms but also by
excessive ROS production.

Since cardiac mitochondria are the major producers of
ROS through oxidative phosphorylation and Ca2+ plays a
key role in promoting aerobic metabolism, dysregulation of
mitochondrial Ca2+ homeostasis translates also in oxidative
stress [73].

During myofibril contraction, ATP is hydrolysed to
adenosine diphosphate (ADP) which moves into mitochon-
dria through the adenine nucleotide transporter (ANT) and
activates the F1F0-ATPase to regenerate ATP [78]. The
increase in mitochondrial ADP content accelerates electron
flux along the ETC and induces the oxidation of the reduced
NADH and FADH2 which act as electron donors to sustain
oxidative phosphorylation [78]. At the same time, Ca2+ is
accumulated into the mitochondrial matrix through the
MCU, where it stimulates the activity of the Krebs cycle to
replenish the reduced pyridine nucleotides as NADH and
FADH2 which act as electron donors and sustain oxidative
phosphorylation [78]. Therefore, Ca2+ plays a dual role since
it both increases electron flux along the ETC and regenerates
energy by increasing the electron flow from the Krebs cycle to
the ETC [79, 80].

The ability of mitochondria to cope the increase in energy
demand, occurring during increased cardiac workload or
hormonal stimulation, is due to the close apposition of mito-
chondria and the SR [3, 81, 82]. It was hypothesized that Ca2+

released from the SR will elevate local Ca2+ to high levels
resulting in a large mitochondrial Ca2+ influx [81]. Neverthe-
less, direct patch clamp recordings demonstrated that cardiac
mitochondria’s MCU current (IMCU) is substantially smaller
than that of other tissues, such as skeletal muscle, where
IMCU is 30 times bigger [83]. Notably, these two tissues pres-
ent different mitochondrial volume fractions. Indeed, cardiac
myocytes show one of the highest mitochondrial volume
fractions in mammalian cells (37%), while in skeletal muscle
this fraction is much lower (5%) [83]. Furthermore, also the
MCU complex component stoichiometry is different
between these two tissues. For example, in the heart, the
expression of the dominant-negative subunit MCUb is
higher than that in the skeletal muscle, inversely correlating
with mitochondrial Ca2+ current [38]. In addition, mito-
chondrial Ca2+ uptake in the heart is controlled by a low
MICU1/MCU ratio, thus lowering the threshold and coop-
erativity of the MCU complex [45]. It has been proposed
that both the low Ca2+ conductivity of the MCU and the
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complexity of its regulatory components could represent
protective mechanisms by which cardiac mitochondria regu-
late [Ca2+]mit by preventing Ca2+ overload [83]. Indeed, an
excessive mitochondrial Ca2+ uptake associated with an
increase in ROS accumulation leads to the opening of
the PTP, irreversible collapse of mitochondrial membrane-
potential, swelling of mitochondria, and thus release of cyto-
chrome c resulting in necrotic cardiomyocyte cell death, a
common scenario observed in the ischemic/reperfused
myocardium [55].

In chronic heart failure (HF), perturbations of ECC cause
contractile dysfunction [84] which is the result of decreased
systolic Ca2+ transients, caused by at least three mechanisms
that altogether contribute to reduce [Ca2+]mit by affecting the
activation of the Krebs cycle during increased workload [85].
The first mechanism is associated with a decreased Ca2+ load
of the SR, with consequent reduction of cytosolic Ca2+ tran-
sients. The reduction in SR Ca2+ load is due both to a lower
activity of the SERCA and to leaky RyR2 [84]. During
relaxation, Ca2+ removal is mainly due to SERCA and the
sarcolemmal NCX. Interestingly, in HF, SERCA activity is
reduced and, concomitantly, NCX activity increases. As a
consequence, more Ca2+ is extruded from the cell and less
is taken up by SERCA, thus decreasing the SR Ca2+ available
to be released during subsequent ECC [86, 87]. The second
mechanism, associated with contractile dysfunction in failing
cardiomyocytes, is the huge increase in cytosolic Na+ levels
([Na+]cyt), which accelerates mitochondrial Ca2+ efflux via
the mitochondrial Na+/Ca2+ exchanger (mNCX) [88, 89].
This hampers the activation of Krebs cycle dehydrogenases
by Ca2+, and it results in pronounced oxidation of NADH
to NAD+ during transitions of workload [90]. The higher
[Na+]cyt could be explained by lower Na+/K+ pump activity,
consistent with a decreased Na+/K+ pump expression in
some models of HF [91, 92]. However, this finding was
questioned by a more recent study performed in HF rabbit
ventricular myocytes demonstrating that the higher [Na+]cyt
is due to elevated diastolic Na+ influx rather than altered
Na+/K+ pump activity [93]. The huge increase in [Na+]cyt
modifies the direction of the sarcoplasmic NCX transport
by inducing the increase in cytosolic Ca2+ that partially com-
pensates the decreased SR Ca2+ load and release in failing
myocytes [89]. On the contrary, no compensatory effects
have been detected on mitochondrial Ca2+ uptake since the
rather slow NCX-mediated Ca2+ influx shows less impact
on mitochondrial Ca2+ uptake [94]. The third mechanism
involves changes in the activity of the MCU. Indeed, Michels
and colleagues demonstrated that in human cardiac mito-
chondria from patients affected by HF, the open probability
of MCU is decreased [94]. This affects both the energy supply
and demand matching and thus the oxidative capacity. This
evidence was also observed in isolated cardiomyocytes from
a guinea pig model of systolic HF characterized by decreased
NADH and NADPH levels and thus in the amount of reduc-
ing equivalents necessary for ATP production accompanied
by an increase in ROS levels [95].

ROS directly act on cellular structures and activate signal-
ling molecules involved in myocardial remodelling and
failure. Indeed, on the one hand low levels of ROS are

associated with the activation of the mitogen-activated pro-
tein kinase (MAPK) and protein synthesis; on the other
hand, high levels of ROS affect ECC in cardiac myocytes
[96]. The latter can cause arrhythmias, activate prohyper-
trophic signalling, and induce apoptotic and/or necrotic cell
death through the activation of the mPTP [78]. In addition,
mitochondrial ROS play a key role in the development and
progression of HF in response to different stimuli such as
I/R, pressure overload, and angiotensin II [97]. It has also
been demonstrated that oxidative stress stimulates the activ-
ity of myocardial metalloproteinases (MMP), a family of pro-
teolytic enzymes that regulates extracellular matrix turnover
and that is implicated in the cardiac remodelling after
myocardial infarction [98].

The concept that ROS production by cardiac mitochon-
dria is dynamically regulated by Ca2+ and ADP and con-
trolled by the redox state of mitochondrial pyridine
nucleotides gave rise to the finding that an imbalance
between decreased mitochondrial Ca2+ uptake and increased
cardiac workload triggers oxidative stress [78]. As already
discussed above, mitochondrial Ca2+ uptake plays a key role
in matching ATP production to demand and has a great
impact on the redox state of pyridine nucleotides [78]. There-
fore, the regulation of mitochondrial Ca2+ uptake mediated
by the MCU complex in the pathophysiology of heart failure
has been extensively investigated in the past years. Indeed,
after the characterization of the MCU complex, three differ-
ent mouse models have been generated: a mouse model with
a constitutive global MCU knockout (KO) [99, 100], a condi-
tional cardiac myocyte-specific MCU KO [101, 102], and a
transgenic mouse overexpressing a dominant-negative form
of MCU (DN-MCU) [103, 104].

Surprisingly, total body knockout of MCU mice is via-
ble and exhibits a very mild phenotype, with slightly
smaller body mass than those of wild-type littermates
and a slight decrease in skeletal muscle strength and per-
formance [99]. As for the heart, no differences between
MCU KO heart and WT littermates were observed [99].
As expected, MCU knockout cardiac mitochondria seem
incapable of any rapid mitochondrial calcium uptake and
showed alterations in Ca2+-dependent oxygen consump-
tion although basal ATP levels were unaltered, suggesting
that MCU depletion does not affect basal mitochondrial
metabolism [100]. These results can be partially explained
by the observation that resting free [Ca2+] in knockout
mitochondria is only partially reduced [99]. Altogether,
these results suggest the existence of alternative mecha-
nisms for Ca2+ accumulation in basal conditions, although
MCU KO mitochondria were not able to take up Ca2+

during cell stimulation [99], fundamental phenomena for
responding to variation in energy demands during cell
activation. Furthermore, MCU deletion is viable in the
outbred CD1 strain, while it results in embryonic lethality
in the inbred C57BL/6 strain, suggesting the existence of
compensatory mechanisms that allow animal viability only
in the mixed background [105]. Another puzzling result is
the lack of protection from cell death in the hearts lacking
MCU. Indeed, in isolated mitochondria from KO hearts,
the addition of large amounts of extramitochondrial
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calcium did not lead to mPTP activation. Surprisingly fol-
lowing global I/R injury, infarct size was indistinguishable
between WT hearts and hearts from MCU KO mice [99],
but cyclosporine A, an inhibitor of mPTP, was able to
reduce infarct size only in hearts of WT hearts.

As regards the heart-specific MCU KO mice and the
transgenic mice overexpressing DN-MCU, a common fea-
ture is that, although mitochondria isolated from the heart
of these mice are unable to accumulate Ca2+, cardiomyo-
cyte function is altered only after β adrenergic receptor
(β-AR) stimulation. This highlights the importance of
MCU-mediated mitochondrial Ca2+ uptake in sustaining
cardiac function during physiological increases in work-
load. In addition, in DN-MCU mice, it was observed that
[Ca2+]cyt increases after the positive inotropic and chrono-
tropic responses to β-AR stimulation [103, 104]. This
finding, corroborated by a study performed on neonatal
cardiomyocytes in which MCU was silenced, suggests that
MCU may contribute to cytosolic Ca2+ buffering in the
heart [81, 104].

The genetic ablation of MCU in the heart affects reducing
equivalent productions. Since the redox state of NADH is
closely linked to NADPH through the activity of a key
antioxidant enzyme, the mitochondrial membrane-bound
nicotinamide nucleotide transhydrogenase (Nnt), which
normally regenerates NADPH from NADH, reduced mito-
chondrial Ca2+ uptake in failing myocytes which increases
ROS production [56, 85, 106]. Oxidative stress, in turn,
increases [Na+]cyt [107] and enhances NCX-mediated Ca2+

influx [108], thus generating a vicious cycle of defective
ECC, reduced mitochondrial Ca2+ uptake, energetic deficit,
and oxidative stress, a common scenario observed in HF.
Overall, these findings suggest that, in HF, a mismatch of
workload and mitochondrial Ca2+ uptake causes oxidation
of pyridine nucleotides by inducing energy deprivation and
oxidative stress [78].

Both the global constitutive MCU KO and DN-MCU
mouse models are characterized by a constitutive modula-
tion of MCU activity that may not exclude adaptations to
embryonic long-term loss of mitochondrial Ca2+ uptake
[99, 100, 103, 104]. Phenomena of adaptation have been
excluded with the generation of a conditional cardiac
MCU KO. Surprisingly, the heart phenotype observed in
this mouse was quite similar to constitutive mouse models
[101, 102]. However, deletion of MCU in adult cardio-
myocytes leads to protection from cell death induced by
I/R injury [104]. Furthermore, Ca2+/calmodulin-dependent
protein kinase II (CaMKII) has been proposed to induce
mPTP opening-dependent myocardial death by increasing
IMCU [109]. CAMKII directly interacts and increases
IMCU. Coherently, transgenic mice with myocardial expres-
sion of CaMKIIN, a CaMKII inhibitor, targeted to mito-
chondria, were protected against I/R injury and showed
reduced mitochondrial Ca2+ uptake and decreased IMCU.
Nevertheless, these findings have been questioned since the
IMCU recorded was two orders of magnitude greater than
the one previously measured and characterized by high fluc-
tuations incompatible with the low single-channel conduc-
tance of MCU [110].

Altogether, these findings demonstrated that the MCU-
mediated regulation of mitochondrial Ca2+ uptake plays a
key role in the onset and progression of HF and thus may
be useful for the development of novel treatments targeting
mitochondria to ameliorate the progression of the disease.

3.2. Skeletal Muscle.Mitochondria play a crucial role in skel-
etal muscle function by providing ATP largely consumed by
actomyosin contraction and SERCA activity. As in the heart,
skeletal muscle mitochondria are commonly considered as
the predominant source of ROS [111]. Indeed, during exer-
cise, the intense skeletal muscle contractile activity enhances
mitochondrial oxidative phosphorylation that increases the
oxygen consumption rate and thus ROS production [111].
In detail, it has been demonstrated that O2

- generation in
skeletal muscle increases to about 50- or 100-fold during aer-
obic contraction [112]. Although ROS have been considered
as deleterious species for skeletal muscle tissue, several evi-
dences indicate that they might also play a positive role in
physiological processes occurring in muscle cells [111].
Whether a beneficial or detrimental effect prevails depends
on several variables among which the most relevant are the
duration of ROS flow, the site of ROS production, and the
antioxidant status of the cells [111]. In line with this, recently
the redox-optimized ROS balance theory has been postulated
that assumes that ROS levels depend on the redox state of a
cell [113, 114]. In detail, ROS production increases both at
high electron fluxes along the ETC, because the ROS produc-
tion overwhelms the scavenging systems, and when the cellu-
lar metabolic state is reduced since reducing equivalents to
sustain the antioxidant defences are lacking. Thus, ROS
emission from mitochondria is minimal at an intermediate
redox state with low ROS production at the ETC, but with
sufficient levels of reduced NADPH to neutralize ROS
[114]. Although the threshold of physiological ROS concen-
tration above which ROS exert their negative effects has not
been yet characterized, different pathways induced or
affected by ROS in skeletal muscle has been intensively stud-
ied [111]. In particular, low levels of ROS activate signalling
molecules such as PGC1-α, AMPK, and MAPK that control
mechanisms of muscle adaptation such as oxidative metabo-
lism and mitochondrial biogenesis [111]. Importantly, they
also exert a self-control mechanism by regulating the activity
of antioxidant enzymes. On the contrary, high levels of ROS
induce functional oxidative damage of proteins, lipids,
nucleic acids, and cell components, a huge increase in intra-
cellular [Ca2+] leading to apoptosis and necrosis [111]. Fur-
thermore, several studies demonstrated that dysregulation
in ROS production has been considered as causal factors in
various muscular pathologies [115–118]. In particular, oxida-
tive stress appears to trigger the myopathic phenotype of
malignant hyperthermia susceptibility (MHS) and central
core disease (CCD) [119]. MHS is a pharmacogenetic disor-
der characterized by life-threatening episodes after treatment
with depolarizing muscle relaxants while CCD represents
one of the most common congenital myopathies [120].
Mutations of the RyR1 gene account for the majority of cases
of MHS and CCD [120]. Initial treatment for MHS includes
the administration of the RyR antagonist dantrolene, a
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hydantoin derivate that inhibits the release of Ca2+ from SR
without stimulating its reuptake [121]. However, since
dantrolene suppresses Ca2+ release and Ca2+ entry, it is not
surprising that it could affect protein involved in ECC
[122]. Nevertheless, dantrolene is currently the only available
pharmacological treatment of MH [121]. Importantly, in sev-
eral models of these pathologies, it has been observed that the
treatment with antioxidant agents ameliorates the muscular
phenotype [123]. Indeed, it has been demonstrated that
enhanced Ca2+ leak from mutant RyR1 increases oxidative/-
nitrosative stress in the RyRY522S knock-in mice. This oxida-
tive stress leads to S-nitrosylation of RyR1 which further
enhances Ca2+ leak from this channel and increases suscepti-
bility to heat-induced sudden death [124].

Dysregulation of [Ca2+]mit associated with an increase in
ROS production has been proposed as a possible mechanism
for skeletal muscle fiber death in Duchenne muscular dystro-
phy (DMD) [125]. DMD is caused by loss-of-function muta-
tions in the dystrophin gene located in chromosome X [125].
Loss of dystrophin protein increases muscle membrane per-
meability by inducing a huge increase in [Ca2+]cyt that, in
turn, induces mitochondrial Ca2+ overload [125]. This causes
dysfunction of several oxidative phosphorylation enzymes
and is accompanied by decreased ATP-synthase activity by
influencing both ROS and ATP production in DMD muscles
[125]. Increased mitochondrial Ca2+ load, occurring in DMD
muscles, impairs the ability of mitochondria to reduce free
radicals [125] and leads to the onset of apoptotic pathways
that culminate in muscle atrophy [125]. This evidence places
mitochondria as central participants in the aetiology of
DMD, describing the relationship between increased intra-
cellular [Ca2+], mitochondrial permeability, and dysfunction
culminating in muscle loss [125].

Among the mechanisms that induce the increase in ROS
production, the regulation of mitochondrial Ca2+ uptake is
one of the most relevant. As already mentioned above, the
MCU complex plays a key role in regulating Ca2+ entry into
mitochondria and therefore it might be implicated in the
development and progression of different muscular diseases
[1]. In particular, the skeletal muscle of total MCU KO mice
represents the most affected tissue [99], probably because it
shows a much higher IMCU compared to the heart (see previ-
ous paragraph and [83]). Interestingly, it has also been dem-
onstrated that loss-of-function mutations of the MICU1 gene
in humans causes dysfunctional Ca2+ uptake and results in
clinical and pathological features that usually characterize
mitochondrial myopathies, congenital core myopathies, and
muscular dystrophies [42]. In particular, muscle biopsies
from affected individuals clearly show a myopathic pheno-
type, characterized by a diffuse variation in fiber size,
increased frequency of internal and central nuclei, and clus-
ters of regenerating fibers, without pronounced fibrosis or
fat infiltration. Surprisingly, two different MICU1 KO mice
display perinatal mortality. One of these models displays an
incomplete penetrance, and the KO animals that survive
exhibit marked ataxia and muscle weakness, which progres-
sively ameliorate during growth [126]. The physiological rel-
evance of the MCU complex components, and thus the
regulation of mitochondrial Ca2+ uptake in the onset and

progression of muscular diseases, identifies the MCU com-
plex as a potential target for the development of specific
pharmacological therapies aimed at both improving the
quality of life and increasing the life span of patients.

3.3. Neurons. The regulation of mitochondrial shape, volume,
number, and distribution within the cells influences mito-
chondrial function especially in the CNS, where mitochon-
dria show a strategic intracellular distribution, according
to local energy demand [127]. Indeed, neurons require
extremely precise spatiotemporal control of Ca2+-dependent
processes, since they regulate vital functions such as trans-
mission of depolarizing signals, synaptic plasticity, and
metabolism [1]. For this reason, neurons are extremely
sensitive to variations of [Ca2+], and even small defects
in Ca2+ homeostasis, hallmark of aging and neurodegener-
ative diseases, are able to impair neuronal activity [128,
129]. [Ca2+]cyt increases in neurons principally occur
through Ca2+ entry from the plasma membrane through
ligand-gated glutamate receptors, such as the N-methyl-
d-aspartate receptor (NMDAR) or various voltage-
dependent Ca2+ channels (VDCCs), as well as from the
release of Ca2+ from intracellular stores [130]. The contri-
bution of these sources to intracellular Ca2+ in neurons
depends on their size, transmitter system, and location in
neural circuits (excitatory or inhibitory) [130]. In addition,
in presynaptic neurons, Ca2+ entry through voltage-
operated Ca2+ channels promotes the release of neuro-
transmitters into the synaptic cleft that, in turn, activates
receptors located in the postsynaptic plasma membrane
by initiating signal transmission [129]. This event gener-
ates Ca2+ signals that induce specific responses according
to the type of receptors that have been activated [129].
Beyond its importance in synaptic transmission, mitochon-
drial Ca2+ uptake guarantees activity-dependent regulation
of cellular energy metabolism [131]. Neurons use mitochon-
drial oxidative phosphorylation to generate ATP, required
for cellular metabolism. The major by-product of this process
is O2

- which is dismutated to H2O2 by the mitochondrial
enzyme superoxide dismutase 2 (SOD2) [132]. Since neurons
show an extremely high metabolic rate, they produce ele-
vated amounts of ROS in comparison to other organs [132].

In physiological conditions, ROS play active roles in
many cellular processes. In particular, in the nervous system,
ROS production regulates neuronal development, differenti-
ation, and axon formation [132]. In particular, angiotensin II
(Ang-II), brain-derived neurotrophic factor (BDNF), and
vascular cell adhesion molecule-1 (VCAM-1) modulate cel-
lular ROS production to regulate neural precursor prolifera-
tion and differentiation [133, 134]. Furthermore, it has also
been demonstrated that ROS participate in synaptic plasticity
as second messengers in several areas of the CNS, including
the hippocampus, cerebral cortex, spinal cord, hypothala-
mus, and amygdala [135–139]. In this regard, it has been
shown that repetitive stimuli, by inducing high Ca2+ influx,
cause an increase in mitochondrial superoxide production.
The latter induces the activation of CaMKII and PKA, two
kinases involved in synaptic potentiation [132]. Further-
more, it has been demonstrated that increased mitochondrial
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Ca2+ uptake and the consequent stimulation of ROS produc-
tion plays a key role for the induction of the long-term poten-
tiation (LTP), the principal form of synaptic plasticity in the
mammalian brain, thought to endure experience-dependent
enhancement of synaptic transmission [132]. In detail, inhi-
bition of MCU blocks potentiation despite the increase in
cytosolic Ca2+ levels produced after NMDA receptor activa-
tion [140]. Mitochondrial ROS, mainly superoxide, activate
downstream signalling cascades involving PKA, PKC, and
ERK which in turns results in synaptic plasticity of the dorsal
horn neurons [140].

Mitochondria-derived ROS levels are regulated by intra-
cellular Ca2+ levels. Indeed, ROS increase when mitochon-
dria are exposed to high [Ca2+] and [Na+], for example,
after having sustained NMDA receptor activation [141,
142]. Ca2+ influx from N-methyl-d-aspartate (NMDA)
receptors triggers mitochondrial activation of caspase 3
which stimulates the synthesis of the myocyte enhancer fac-
tor 2 (MEF2) that regulates the transcription of the mito-
chondrial gene NADH dehydrogenase 6 (ND6), which
encodes an essential component of complex I [143]. The
MEF2-dependent expression of ND6 reduces cellular levels
of the antioxidant enzymes superoxide dismutase and hydro-
gen peroxidase by increasing oxidative stress [143]. There-
fore, dysregulation of mitochondrial Ca2+ uptake, and thus
a decrease in the rate of ATP production, may influence
mitochondrial metabolism and function, thus affecting neu-
ronal activity [131]. In particular, excessive mitochondrial
Ca2+ accumulation induces an overproduction of ROS that
has detrimental effects on neurons [144]. Although mito-
chondria produce the largest amount of cellular ROS, other
sources contribute to the generation of ROS in neurons such
as the enzyme neural NOS and the NADPH oxidase. The
huge increase in ROS levels induces cellular damage, impair-
ment of the DNA repair system, and mitochondrial dysfunc-
tion, all of which are recognized as major determinants of
aging and of neurodegenerative disorder development [132].

A recent study highlighted the importance of MCU in
controlling excitotoxicity and its implication in NMDA
receptor-mediated cell death [145]. In this study, Qiu and
coworkers demonstrated that the overexpression of MCU
in hippocampal and cortical neurons of newborn mice causes
an NMDA-mediated increase in the [Ca2+]mit [145]. This
increase, in concert with NO production and activation of
poly (ADP-ribose) polymerase-1 (PARP-1), leads to the loss
of mitochondrial membrane potential which in turn energet-
ically compromises neurons and leads to ROS generation
[145]. In addition, knockdown of MCU in neurons causes a
decrease in NMDA-mediated mitochondrial Ca2+ levels, thus
preventing the loss of the mitochondrial membrane potential
and excitotoxic cell death [145]. These findings suggest that
MCU, and thus mitochondrial Ca2+, plays an essential role
in neuronal excitotoxicity, although more studies are
required to confirm the function of MCU in vivo.

3.4. Cancer. Tumor formation and progresssion are directly
related to mitochondrial dysfunction [146]. Furthermore,
reprogramming of mitochondrial metabolism and an aber-
rant Ca2+ homeostasis are considered hallmarks of cancer

cells [146]. Multiple lines of evidence highlighted the key role
of Ca2+ homeostasis deregulation in tumor cell proliferation,
apoptosis resistance, tumor development, and metastasis
[147]. Although mitochondria exert a key role in cancer pro-
gression and Ca2+ signalling is altered in a wide variety of
tumors, the mechanisms that connect mitochondrial Ca2+

homeostasis with malignant tumor formation and growth
have not been characterized yet. Recently, Marchi et al. dem-
onstrated that prostate and colon cancers overexpress an
MCU-targeting microRNA that, by reducing mitochondrial
Ca2+ uptake, allows cancer cell resistance to apoptotic stimuli
thus increasing tumor cell survival [148]. However, a correla-
tion between MCU overexpression and poor prognosis in
breast cancer patients was also recently hypothesized [149].
This study demonstrated that in the MDA-MB-231 cell line,
a triple-negative breast cancer model (TNBC), MCU expres-
sion correlates with breast tumor size and lymph node
infiltration [149]. Coherently, MCU silencing causes a signif-
icant decline in [Ca2+]mit, metastatic cell motility, and matrix
invasiveness. Most importantly, in MDA-MB-231 xeno-
grafts, deletion of MCU greatly reduces tumor growth and
metastasis formation and this is associated with a decrease
in mitochondrial ROS production, suggesting that mitochon-
drial ROS might play a crucial role in cell malignancy regula-
tion by mitochondrial Ca2+ uptake [149]. In addition, MCU
silencing in TNBC cells downregulates hypoxia-inducible
factor 1-alpha (HIF1-α) expression, thus negatively affecting
the expression of HIF1-α target genes involved in cancer pro-
gression [149]. Elevated levels of ROS have been detected in
almost all cancers including Akt-positive tumors [150]. Akt
or more commonly known as protein kinase B (PKB) is a
cytosolic protein kinase that regulates cellular energy metab-
olism and apoptosis through mechanisms that converge on
mitochondria or via the phosphorylation of key proteins like
the Bcl-2-associated death promoter (BAD) protein. BAD is
a proapoptotic member of the Bcl-2 gene family which is
involved in initiating apoptosis. Marchi and coworkers dem-
onstrated that Akt phosphorylates MICU1 at the N-terminal
domain by affecting MICU1 proteolytic maturation and sta-
bility, thus altering mitochondrial Ca2+ uptake homeostasis
[151]. Akt-mediated phosphorylation of the MCU complex
regulator MICU1 may sustain cancer progression by increas-
ing the basal mitochondrial Ca2+ level and ROS production
[151]. In addition, mitochondrial Ca2+ uptake not only rep-
resents a fundamental mechanism to regulate cell survival
and metabolism but also plays a pivotal role in the regulation
of autophagy that plays both a negative and a positive role in
cancer [152, 153]. In particular, mitophagy is an essential
process that maintains mitochondrial quality and number
by the removal of damaged or unnecessary mitochondria
using autophagic machinery, thus limiting cellular degen-
eration [154]. Increasing evidence from different studies
supports the concept that dysregulation of mitophagy is
an etiologic factor in tumorigenesis [155]. Even though
tumorigenesis relies on inhibition of mitophagy, tumor
progression likely relies on the presence of functional
mitophagy [156–160].

It is important to underline that dysregulation of mito-
phagy represents a scenario that characterizes not only cancer
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but also different spectra of diseases including neurodegener-
ative diseases, motor neuron disorders, autosomal dominant
optic atrophy, I/R injury, diabetes, aging, and cancer [161].
The discussion of this aspect is beyond the scope of this review
and has been reviewed in greater detail elsewhere.

Altogether, these data reveal the importance of the asso-
ciation between aberrant mitochondrial Ca2+ levels and
tumor development and strongly suggest that alteration in
the activity of the MCU complex components represents a
critical checkpoint of metastatic behaviour and thus a poten-
tial pharmacological target to combat aggressive cancers.

4. Conclusions

Mitochondria are key intracellular organelles that play a fun-
damental role in energy production and control many cellu-
lar processes from signalling to cell death. The function of the
mitochondrial electron transport chain, the major source of
ATP in the cell, is coupled with the production of ROS that
are maintained at physiological levels by highly efficient
mitochondrial antioxidant systems. Moreover, these antioxi-
dant defences rely on mitochondrial metabolism that sup-
plies the reducing equivalents needed for their activity.

In the last years, several studies demonstrated that quick
changes in ROS levels, coupled with essential cellular func-
tions, are fundamental participants of physiological signal-
ling. Importantly, mitochondrial calcium, by impinging on
aerobic metabolism, plays a crucial role in this process, since
it joins the cellular activation stimuli and ROS production.
This phenomenon plays a crucial role in the maintenance
of cellular homeostasis in several tissues, as discussed above.

When the balance between ROS production and clear-
ance is altered by either overproduction of mROS or impair-
ment of the antioxidant defence, mitochondrial dysfunction
occurs, leading to the induction of the cell death cascade.
Indeed, the overproduction of mROS and the change in
mitochondrial redox homeostasis have been shown to be
involved in several pathological conditions, which often are
associated with mitochondrial Ca2+ overload. For these rea-
sons, the physiopathological role of mitochondrial Ca2+

uptake and mROS production has been extensively studied
in the past years.

The molecular and functional characterization of the
MCU complex components highlights the importance of
the dynamic regulation of mitochondrial Ca2+ in organ phys-
iology. In particular, in this review, we highlighted the contri-
bution of the MCU complex activity, and thus the regulation
of mitochondrial Ca2+ uptake, in cardiovascular, skeletal
muscle, and neurodegenerative diseases and cancer.
Although after the discovery of the molecular identity of
the MCU complex many studies have confirmed the crucial
role of mitochondrial Ca2+ signals in the regulation of cell
survival, metabolism, and autophagy, many findings are con-
troversial, and many questions are still open. In this regard,
the characterization of the mechanisms responsible for the
survival of the total MCU KO mouse only in the outbred
strain and the analysis of the mechanisms underlying the dif-
ferent phenotypes of the MICU1 KOmice will be fundamen-
tal important to finely dissect the physiological role of

mitochondrial Ca2+. Furthermore, the structural and func-
tional complexity of the MCU complex needs to be clarified.
Thus, the study of the physiological role of the different MCU
complex components might be useful to better characterize
the regulation of mitochondrial Ca2+ uptake in different
physiopathological conditions thus resulting in the identi-
fication of novel therapeutic strategies to cure pathologies
characterized by dysregulation of mitochondrial Ca2+

homeostasis. In line with this, the discovery of drugs that
modulate the activity of the MCU complex shall be
extremely relevant for the future development of MCU-
targeting therapies.

Conflicts of Interest

The authors declare that there is no conflict of interest
regarding the publication of this paper.

Authors’ Contributions

Simona Feno and Gaia Butera contributed equally to this
work.

Acknowledgments

Research was supported by funding from the Italian Ministry
of Education, the Fondazione Telethon (GGP16029 to R.R.
and GGP16026 to A.R.), the Italian Association for Cancer
Research (IG 18633 to R.R.), the French Muscular Dystrophy
Association (19471 to A.R.), and the Italian Ministries of
Health (Ricerca Finalizzata) (GR-2016-02362779 to A.R.).

References

[1] C. Mammucari, A. Raffaello, D. Vecellio Reane, G. Gherardi,
A. De Mario, and R. Rizzuto, “Mitochondrial calcium uptake
in organ physiology: from molecular mechanism to animal
models,” Pflügers Archiv - European Journal of Physiology,
vol. 470, no. 8, pp. 1165–1179, 2018.

[2] R. Rizzuto, D. De Stefani, A. Raffaello, and C. Mammucari,
“Mitochondria as sensors and regulators of calcium signal-
ling,” Nature Reviews Molecular Cell Biology, vol. 13, no. 9,
pp. 566–578, 2012.

[3] D. De Stefani, R. Rizzuto, and T. Pozzan, “Enjoy the trip:
calcium in mitochondria back and forth,” Annual Review of
Biochemistry, vol. 85, no. 1, pp. 161–192, 2016.

[4] R. Rizzuto, S. Marchi, M. Bonora et al., “Ca2+ transfer from
the ER to mitochondria: when, how and why,” Biochimica
et Biophysica Acta (BBA) - Bioenergetics, vol. 1787, no. 11,
pp. 1342–1351, 2009.

[5] M. Schmidt, P. A. OudeWeernink, F. vomDorp, M. B. Stope,
and K. H. Jakobs, “Mammalian phospholipase C,” Advances
in Molecular and Cell Biology, vol. 33, pp. 431–450, 2004.

[6] A. Raffaello, C. Mammucari, G. Gherardi, and R. Rizzuto,
“Calcium at the center of cell signaling: interplay between
endoplasmic reticulum, mitochondria, and lysosomes,”
Trends in Biochemical Sciences, vol. 41, no. 12, pp. 1035–
1049, 2016.

[7] R. Chandrasekhar, K. J. Alzayady, and D. I. Yule, “Using
concatenated subunits to investigate the functional conse-
quences of heterotetrameric inositol 1,4,5-trisphosphate

13Oxidative Medicine and Cellular Longevity



receptors,” Biochemical Society Transactions, vol. 43, no. 3,
pp. 364–370, 2015.

[8] R. Chandrasekhar, K. J. Alzayady, L. E. Wagner, and D. I.
Yule, “Unique regulatory properties of heterotetrameric ino-
sitol 1,4,5-trisphosphate receptors revealed by studying
concatenated receptor constructs,” Journal of Biological
Chemistry, vol. 291, no. 10, pp. 4846–4860, 2016.

[9] J. T. Lanner, D. K. Georgiou, A. D. Joshi, and S. L. Hamilton,
“Ryanodine receptors: structure, expression, molecular
details, and function in calcium release,” Cold Spring Harbor
Perspectives in Biology, vol. 2, no. 11, article a003996, 2010.

[10] H. F. Deluca and G. W. Engstrom, “Calcium uptake by rat
kidney mitochondria,” Proceedings of the National Academy
of Sciences of the United States of America, vol. 47, no. 11,
pp. 1744–1750, 1961.

[11] F. D. Vasington and J. V. Murphy, “Ca++ uptake by rat kidney
mitochondria and its dependence on respiration and phos-
phorylation,” Journal of Biological Chemistry, vol. 237,
pp. 2670–2677, 1962.

[12] P. Mitchell, “Chemiosmotic coupling in oxidative and photo-
synthetic phosphorylation,” Biological Reviews, vol. 41, no. 3,
pp. 445–501, 1966.

[13] H. Rottenberg and A. Scarpa, “Calcium uptake and mem-
brane potential in mitochondria,” Biochemistry, vol. 13,
no. 23, pp. 4811–4817, 1974.

[14] Y. Kirichok, G. Krapivinsky, and D. E. Clapham, “The mito-
chondrial calcium uniporter is a highly selective ion channel,”
Nature, vol. 427, no. 6972, pp. 360–364, 2004.

[15] C. Mammucari, A. Raffaello, D. Vecellio Reane, and
R. Rizzuto, “Molecular structure and pathophysiological roles
of the mitochondrial calcium uniporter,” Biochimica et Bio-
physica Acta, vol. 1863, no. 10, pp. 2457–2464, 2016.

[16] R. Rizzuto, A. W. Simpson, M. Brini, and T. Pozzan, “Rapid
changes of mitochondrial Ca2+ revealed by specifically tar-
geted recombinant aequorin,” Nature, vol. 358, no. 6384,
pp. 325–327, 1992.

[17] R. Rizzuto, M. Brini, P. Pizzo, M. Murgia, and T. Pozzan,
“Chimeric green fluorescent protein as a tool for visualizing
subcellular organelles in living cells,” Current Biology, vol. 5,
no. 6, pp. 635–642, 1995.

[18] R. Rizzuto, P. Pinton, W. Carrington et al., “Close contacts
with the endoplasmic reticulum as determinants of mito-
chondrial Ca2+ responses,” Science, vol. 280, no. 5370,
pp. 1763–1766, 1998.

[19] G. Csordás, A. P. Thomas, and G. Hajnóczky, “Quasi-
synaptic calcium signal transmission between endoplasmic
reticulum and mitochondria,” The EMBO Journal, vol. 18,
no. 1, pp. 96–108, 1999.

[20] S. P. Mathupala and P. L. Pedersen, “Voltage dependent
anion channel-1 (VDAC-1) as an anti-cancer target,” Cancer
Biology & Therapy, vol. 9, no. 12, pp. 1053–1056, 2010.

[21] V. Shoshan-Barmatz, S. De, and A. Meir, “The mitochondrial
voltage-dependent anion channel 1, Ca2+ transport, apopto-
sis, and their regulation,” Frontiers in Oncology, vol. 7,
pp. 1–12, 2017.

[22] M. Madesh and G. Hajnoczky, “VDAC-dependent perme-
abilization of the outer mitochondrial membrane by superox-
ide induces rapid and massive cytochrome c release,” The
Journal of Cell Biology, vol. 155, no. 6, pp. 1003–1016, 2001.

[23] E. Rapizzi, P. Pinton, G. Szabadkai et al., “Recombinant
expression of the voltage-dependent anion channel enhances

the transfer of Ca2+ microdomains to mitochondria,” The
Journal of Cell Biology, vol. 159, no. 4, pp. 613–624,
2002.

[24] J. M. Baughman, F. Perocchi, H. S. Girgis et al., “Integrative
genomics identifies MCU as an essential component of the
mitochondrial calcium uniporter,” Nature, vol. 476,
no. 7360, pp. 341–345, 2011.

[25] D. De Stefani, A. Raffaello, E. Teardo, I. Szabò, and
R. Rizzuto, “A forty-kilodalton protein of the inner mem-
brane is the mitochondrial calcium uniporter,” Nature,
vol. 476, no. 7360, pp. 336–340, 2011.

[26] M. Patron, V. Checchetto, A. Raffaello et al., “MICU1 and
MICU2 finely tune the mitochondrial Ca2+ uniporter by
exerting opposite effects on MCU activity,” Molecular Cell,
vol. 53, no. 5, pp. 726–737, 2014.

[27] M. Plovanich, R. L. Bogorad, Y. Sancak et al., “MICU2, a
paralog of MICU1, resides within the mitochondrial unipor-
ter complex to regulate calcium handling,” PLoS One, vol. 8,
no. 2, article e55785, 2013.

[28] Y. Sancak, A. L. Markhard, T. Kitami et al., “EMRE is an
essential component of the mitochondrial calcium uniporter
complex,” Science, vol. 342, no. 6164, pp. 1379–1382, 2013.

[29] K. Oxenoid, Y. Dong, C. Cao et al., “Architecture of the mito-
chondrial calcium uniporter,” Nature, vol. 533, no. 7602,
pp. 269–273, 2016.

[30] R. Baradaran, C. Wang, A. Francis Siliciano, S. Barstow long,
R. Baradaran, and C. Wang, “Cryo-EM structures of fungal
and metazoan mitochondrial calcium uniporters,” Nature,
vol. 559, no. 7715, pp. 580–584, 2018.

[31] J. Yoo, M. Wu, Y. Yin, M. A. Herzik, G. C. Lander, and
S.-Y. Lee, “Cryo-EM structure of a mitochondrial calcium
uniporter,” Science, vol. 361, no. 6401, pp. 506–511, 2018.

[32] C. Fan, M. Fan, B. J. Orlando et al., “X-ray and cryo-EM
structures of the mitochondrial calcium uniporter,” Nature,
vol. 559, no. 7715, pp. 575–579, 2018.

[33] N. X. X. Nguyen, J. P. P. Armache, C. Lee et al., “Cryo-EM
structure of a fungal mitochondrial calcium uniporter,”
Nature, vol. 559, no. 7715, pp. 570–574, 2018.

[34] Y. Lee, C. K. Min, T. G. Kim et al., “Structure and function of
the N-terminal domain of the human mitochondrial calcium
uniporter,” EMBO Reports, vol. 16, no. 10, pp. 1318–1333,
2015.

[35] E. Kovacs-Bogdan, Y. Sancak, K. J. Kamer et al., “Reconstitu-
tion of the mitochondrial calcium uniporter in yeast,” Pro-
ceedings of the National Academy of Sciences, vol. 111,
no. 24, pp. 8985–8990, 2014.

[36] H. Vais, K. Mallilankaraman, D. O. D. Mak et al., “EMRE is a
matrix Ca2+ sensor that governs gatekeeping of the mito-
chondrial Ca2+ uniporter,” Cell Reports, vol. 14, no. 3,
pp. 403–410, 2016.

[37] T. Yamamoto, R. Yamagoshi, K. Harada et al., “Analysis of
the structure and function of EMRE in a yeast expression sys-
tem,” Biochimica et Biophysica Acta (BBA) - Bioenergetics,
vol. 1857, no. 6, pp. 831–839, 2016.

[38] A. Raffaello, D. De Stefani, D. Sabbadin et al., “Themitochon-
drial calcium uniporter is a multimer that can include a
dominant-negative pore-forming subunit,” The EMBO Jour-
nal, vol. 32, no. 17, pp. 2362–2376, 2013.

[39] K. J. Kamer and V. K. Mootha, “The molecular era of the
mitochondrial calcium uniporter,” Nature Reviews. Molecu-
lar Cell Biology, vol. 16, no. 9, pp. 545–553, 2015.

14 Oxidative Medicine and Cellular Longevity



[40] F. Perocchi, V. M. Gohil, H. S. Girgis et al., “MICU1 encodes a
mitochondrial EF hand protein required for Ca2+ uptake,”
Nature, vol. 467, no. 7313, pp. 291–296, 2010.

[41] K. Mallilankaraman, P. Doonan, C. Cárdenas et al., “MICU1
is an essential gatekeeper for MCU-mediated mitochondrial
Ca(2+) uptake that regulates cell survival,” Cell, vol. 151,
no. 3, pp. 630–644, 2012.

[42] C. V. Logan, G. Szabadkai, J. A. Sharpe et al., “Loss-of-
function mutations in MICU1 cause a brain and muscle
disorder linked to primary alterations in mitochondrial cal-
cium signaling,” Nature Genetics, vol. 46, no. 2, pp. 188–193,
2013.

[43] G. Csordás, T. Golenár, E. L. Seifert et al., “MICU1 controls
both the threshold and cooperative activation of the mito-
chondrial Ca2+ uniporter,” Cell Metabolism, vol. 17, no. 6,
pp. 976–987, 2013.

[44] M. Paillard, G. Csordás, K.-T. Huang, P. Várnai, S. K. Joseph,
and G. Hajnóczky, “MICU1 interacts with the D-ring of the
MCU pore to control its Ca2+ flux and sensitivity to Ru360,”
Molecular Cell, vol. 72, no. 4, pp. 778–785.e3, 2018.

[45] M. Paillard, G. Csordás, G. Szanda et al., “Tissue-specific
mitochondrial decoding of cytoplasmic Ca2+ signals is con-
trolled by the stoichiometry of MICU1/2 and MCU,” Cell
Reports, vol. 18, no. 10, pp. 2291–2300, 2017.

[46] K. J. Kamer and V. K. Mootha, “MICU1 and MICU2 play
nonredundant roles in the regulation of the mitochondrial
calcium uniporter,” EMBO Reports, vol. 15, no. 3, pp. 299–
307, 2014.

[47] C. Petrungaro, K. M. Zimmermann, V. Küttner et al.,
“The Ca2+-dependent release of the Mia40-induced
MICU1-MICU2 dimer from MCU regulates mitochon-
drial Ca2+ uptake,” Cell Metabolism, vol. 22, no. 4,
pp. 721–733, 2015.

[48] D. Vecellio Reane, F. Vallese, V. Checchetto et al., “AMICU1
splice variant confers high sensitivity to the mitochondrial
Ca2+ uptake machinery of skeletal muscle,” Molecular Cell,
vol. 64, no. 4, pp. 760–773, 2016.

[49] L. Wang, X. Yang, S. Li et al., “Structural and mechanistic
insights into MICU1 regulation of mitochondrial calcium
uptake,” The EMBO Journal, vol. 33, no. 6, pp. 594–604, 2014.

[50] J. G. McCormack, A. P. Halestrap, and R.M. Denton, “Role of
calcium ions in regulation of mammalian intramitochondrial
metabolism,” Physiological Reviews, vol. 70, no. 2, pp. 391–
425, 1990.

[51] M. Patron, V. Granatiero, and J. Espino, “MICU3 is a tissue-
specific enhancer of mitochondrial calcium uptake,” Cell
Death & Differentiation, vol. 26, no. 1, pp. 179–195, 2018.

[52] K. Mallilankaraman, C. Cárdenas, P. J. Doonan et al.,
“MCUR1 is an essential component of mitochondrial Ca2+

uptake that regulates cellular metabolism,” Nature Cell Biol-
ogy, vol. 14, no. 12, pp. 1336–1343, 2012.

[53] V. Paupe, J. Prudent, E. P. Dassa, O. Z. Rendon, and E. A.
Shoubridge, “CCDC90A (MCUR1) is a cytochrome c oxidase
assembly factor and not a regulator of the mitochondrial cal-
cium uniporter,” Cell Metabolism, vol. 21, no. 1, pp. 109–116,
2015.

[54] D. Chaudhuri, D. J. Artiga, S. A. Abiria, and D. E. Clapham,
“Mitochondrial calcium uniporter regulator 1 (MCUR1) reg-
ulates the calcium threshold for the mitochondrial perme-
ability transition,” Proceedings of the National Academy of
Sciences, vol. 113, no. 13, pp. E1872–E1880, 2016.

[55] F. Di Lisa and P. Bernardi, “A CaPful of mechanisms regulat-
ing the mitochondrial permeability transition,” Journal of
Molecular and Cellular Cardiology, vol. 46, no. 6, pp. 775–
780, 2009.

[56] L. Biasutto, M. Azzolini, I. Szabò, and M. Zoratti, “The mito-
chondrial permeability transition pore in AD 2016: an
update,” Biochim. Biophys. Acta - Mol. Cell Res., vol. 1863,
no. 10, pp. 2515–2530, 2016.

[57] V. Giorgio, S. von Stockum, M. Antoniel et al., “Dimers of
mitochondrial ATP synthase form the permeability transi-
tion pore,” Proceedings of the National Academy of Sciences,
vol. 110, no. 15, pp. 5887–5892, 2013.

[58] V. Giorgio, V. Burchell, M. Schiavone et al., “Ca 2+ binding to
F-ATP synthase β subunit triggers the mitochondrial perme-
ability transition,” EMBO Reports, vol. 18, no. 7, pp. 1065–
1076, 2017.

[59] P. Bernardi, A. Rasola, M. Forte, and G. Lippe, “The mito-
chondrial permeability transition pore: channel formation
by F-ATP synthase, integration in signal transduction, and
role in pathophysiology,” Physiological Reviews, vol. 95,
no. 4, pp. 1111–1155, 2015.

[60] M. Bonora, C. Morganti, G. Morciano et al., “Mitochondrial
permeability transition involves dissociation of F1FO ATP
synthase dimers and C‐ring conformation,” EMBO Reports,
vol. 18, no. 7, pp. 1077–1089, 2017.

[61] J. He, H. C. Ford, J. Carroll, S. Ding, I. M. Fearnley, and J. E.
Walker, “Persistence of the mitochondrial permeability tran-
sition in the absence of subunit c of human ATP synthase,”
Proceedings of the National Academy of Sciences, vol. 114,
no. 13, pp. 3409–3414, 2017.

[62] J. He, J. Carroll, S. Ding, I. M. Fearnley, and J. E. Walker,
“Permeability transition in human mitochondria persists in
the absence of peripheral stalk subunits of ATP synthase,”
Proceedings of the National Academy of Sciences, vol. 114,
no. 34, pp. 9086–9091, 2017.

[63] G. Morciano, C. Giorgi, M. Bonora et al., “Molecular identity
of the mitochondrial permeability transition pore and its role
in ischemia-reperfusion injury,” Journal of Molecular and
Cellular Cardiology, vol. 78, pp. 142–153, 2015.

[64] V. Giorgio, F. Fogolari, G. Lippe, and P. Bernardi, “OSCP
subunit of mitochondrial ATP synthase: role in regulation
of enzyme function and of its transition to a pore,” British
Journal of Pharmacology, 2018.

[65] M. Carraro, V. Giorgio, J. Sileikyte et al., “Channel formation
by yeast F-ATP synthase and the role of dimerization in the
mitochondrial permeability transition,” The Journal of Bio-
logical Chemistry, vol. 289, no. 23, pp. 15980–15985, 2014.

[66] A. Nickel, M. Kohlhaas, and C. Maack, “Mitochondrial
reactive oxygen species production and elimination,” Jour-
nal of Molecular and Cellular Cardiology, vol. 73, pp. 26–
33, 2014.

[67] D. B. Zorov, M. Juhaszova, and S. J. Sollott, “Mitochondrial
reactive oxygen species (ROS) and ROS-induced ROS
release,” Physiological Reviews, vol. 94, no. 3, pp. 909–950,
2014.

[68] L. A. Sena and N. S. Chandel, “Physiological roles of mito-
chondrial reactive oxygen species,” Molecular Cell, vol. 48,
no. 2, pp. 158–167, 2012.

[69] J. F. Turrens, “Mitochondrial formation of reactive oxygen
species,” The Journal of Physiology, vol. 552, no. 2, pp. 335–
344, 2003.

15Oxidative Medicine and Cellular Longevity



[70] A. Görlach, K. Bertram, S. Hudecova, and O. Krizanova,
“Calcium and ROS: a mutual interplay,” Redox Biology,
vol. 6, pp. 260–271, 2015.

[71] P. S. Brookes, Y. Yoon, J. L. Robotham, M. W. Anders,
and S.-S. Sheu, “Calcium, ATP, and ROS: a mitochondrial
love-hate triangle,” American Journal of Physiology. Cell
Physiology, vol. 287, no. 4, pp. C817–C833, 2004.

[72] Z. Dong, S. Shanmughapriya, D. Tomar et al., “Mitochondrial
Ca2+ uniporter is a mitochondrial luminal redox sensor that
augments MCU channel activity,” Molecular Cell, vol. 65,
no. 6, pp. 1014–1028.e7, 2017.

[73] Y. J. H. J. Taverne, A. J. J. C. Bogers, D. J. Duncker, and
D. Merkus, “Reactive oxygen species and the cardiovascular
system,” Oxidative Medicine and Cellular Longevity,
vol. 2013, Article ID 862423, 15 pages, 2013.

[74] S. Dey, A. Sidor, and B. O’Rourke, “Compartment-specific
control of reactive oxygen species scavenging by antioxidant
pathway enzymes,” Journal of Biological Chemistry, vol. 291,
no. 21, pp. 11185–11197, 2016.

[75] S. F. Steinberg, “Oxidative stress and sarcomeric proteins,”
Circulation Research, vol. 112, no. 2, pp. 393–405, 2013.

[76] J. R. Erickson, M. A. Joiner, X. Guan et al., “A dynamic path-
way for calcium-independent activation of CaMKII by
methionine oxidation,” Cell, vol. 133, no. 3, pp. 462–474,
2008.

[77] A. Zima and L. Blatter, “Redox regulation of cardiac calcium
channels and transporters,” Cardiovascular Research, vol. 71,
no. 2, pp. 310–321, 2006.

[78] M. Kohlhaas, A. G. G. Nickel, and C. Maack, “Mitochondrial
energetics and calcium coupling in the heart,” The Journal of
Physiology, vol. 595, no. 12, pp. 3753–3763, 2017.

[79] S. Cortassa, M. A. A. Aon, B. O. Rourke et al., “A computa-
tional model integrating electrophysiology, contraction, and
mitochondrial bioenergetics in the ventricular myocyte,” Bio-
physical Journal, vol. 91, no. 4, pp. 1564–1589, 2006.

[80] R. S. Balaban, “Cardiac energy metabolism homeostasis: role
of cytosolic calcium,” Journal of Molecular and Cellular
Cardiology, vol. 34, no. 10, pp. 1259–1271, 2002.

[81] I. Drago, D. De Stefani, R. Rizzuto, and T. Pozzan, “Mito-
chondrial Ca2+ uptake contributes to buffering cytoplasmic
Ca2+ peaks in cardiomyocytes,” Proceedings of the National
Academy of Sciences of the United States of America,
vol. 109, no. 32, pp. 12986–12991, 2012.

[82] M. Giacomello, I. Drago, M. Bortolozzi et al., “Ca2+ hot
spots on the mitochondrial surface are generated by Ca2+

mobilization from stores, but not by activation of store-
operated Ca2+ channels,” Molecular Cell, vol. 38, no. 2,
pp. 280–290, 2010.

[83] F. Fieni, S. B. B. Lee, Y. N. N. Jan, and Y. Kirichok, “Activity of
the mitochondrial calcium uniporter varies greatly between
tissues,” Nature Communications, vol. 3, no. 1, pp. 1317–
1317, 2012.

[84] D. M. M. Bers, “Altered cardiac myocyte ca regulation in
heart failure,” Physiology, vol. 21, no. 6, pp. 380–387, 2006.

[85] C. Maack, S. Cortassa, M. A. Aon, A. N. Ganesan, T. Liu, and
O. Rourke, “Elevated cytosolic Na+ decreases mitochondrial
Ca2+ uptake during excitation-contraction coupling and
impairs energetic adaptation in cardiac myocytes,” Circula-
tion Research, vol. 99, no. 2, pp. 172–182, 2009.

[86] S. M. Pogwizd, J. P. McKenzie, and M. E. Cain, “Mechanisms
underlying spontaneous and induced ventricular

arrhythmias in patients with idiopathic dilated cardiomyopa-
thy,” Circulation, vol. 98, no. 22, pp. 2404–2414, 1998.

[87] S. M. Pogwizd, M. Qi, W. Yuan, A. M. Samarel, and D. M.
Bers, “Upregulation of Na+/Ca2+ exchanger expression and
function in an arrhythmogenic rabbit model of heart fail-
ure,” Circulation Research, vol. 85, no. 11, pp. 1009–1019,
1999.

[88] C. R. Weber, V. Piacentino, S. R. Houser, and D. M. Bers,
“Dynamic regulation of sodium/calcium exchange function
in human heart failure,” Circulation, vol. 108, no. 18,
pp. 2224–2229, 2003.

[89] A. A. Armoundas, I. A. Hobai, G. F. Tomaselli, R. L. Winslow,
and B. O’Rourke, “Role of sodium-calcium exchanger in
modulating the action potential of ventricular myocytes from
normal and failing hearts,” Circulation Research, vol. 93,
no. 1, pp. 46–53, 2003.

[90] E. Bertero and C. Maack, “Calcium signaling and reactive
oxygen species in mitochondria,” Circulation Research,
vol. 122, no. 10, pp. 1460–1478, 2018.

[91] R. H. Schwinger, J. Wang, K. Frank et al., “Reduced sodium
pump α1, α3, and β1-isoform protein levels and Na+,K+-
ATPase activity but unchanged Na+-Ca2+ exchanger protein
levels in human heart failure,” Circulation, vol. 99, no. 16,
pp. 2105–2112, 1999.

[92] O. I. Shamraj, I. L. Grupp, G. Grupp et al., “Characterisation
of Na/K-ATPase, its isoforms, and the inotropic response to
ouabain in isolated failing human hearts,” Cardiovascular
Research, vol. 27, no. 12, pp. 2229–2237, 1993.

[93] S. Despa, M. A. Islam, C. R. Weber, S. M. Pogwizd, and D. M.
Bers, “Intracellular Na+ concentration is elevated in heart
failure but Na/K pump function is unchanged,” Circulation,
vol. 105, no. 21, pp. 2543–2548, 2002.

[94] G. Michels, I. F. F. Khan, J. Endres-Becker et al., “Regulation
of the human cardiac mitochondrial Ca2+ uptake by 2 differ-
ent voltage-gated Ca2+ channels,” Circulation, vol. 119,
no. 18, pp. 2435–2443, 2009.

[95] M. Kohlhaas and C. Maack, “Adverse bioenergetic conse-
quences of Na+-Ca2+ exchanger–mediated Ca2+ influx in
cardiac myocytes,” Circulation, vol. 122, no. 22, pp. 2273–
2280, 2010.

[96] M. Schieber and N. S. Chandel, “ROS function in redox
signaling and oxidative stress,” Current Biology, vol. 24,
no. 10, pp. R453–R462, 2014.

[97] D. N. Granger and P. R. Kvietys, “Reperfusion injury and
reactive oxygen species: the evolution of a concept,” Redox
Biology, vol. 6, pp. 524–551, 2015.

[98] G. C. Koenig, R. G. Rowe, S. M. Day et al., “MT1-MMP–
dependent remodeling of cardiac extracellular matrix struc-
ture and function following myocardial infarction,” The
American Journal of Pathology, vol. 180, no. 5, pp. 1863–
1878, 2012.

[99] X. Pan, J. Liu, T. Nguyen et al., “The physiological role of
mitochondrial calcium revealed by mice lacking the mito-
chondrial calcium uniporter,” Nature Cell Biology, vol. 15,
no. 12, pp. 1464–1472, 2013.

[100] K. M. Holmström, X. Pan, J. C. Liu et al., “Assessment of
cardiac function in mice lacking the mitochondrial calcium
uniporter,” Journal of Molecular and Cellular Cardiology,
vol. 85, pp. 178–182, 2016.

[101] J. Q. Kwong, X. Lu, R. N. Correll et al., “The mitochondrial
calcium uniporter selectively matches metabolic output to

16 Oxidative Medicine and Cellular Longevity



acute contractile stress in the Heart,” Cell Reports, vol. 12,
no. 1, pp. 15–22, 2015.

[102] T. S. Luongo, J. P. Lambert, A. Yuan et al., “The mito-
chondrial calcium uniporter matches energetic supply with
cardiac workload during stress and modulates permeabil-
ity transition,” Cell Reports, vol. 12, no. 1, pp. 23–34,
2015.

[103] Y. Wu, T. P. Rasmussen, O. M. Koval et al., “The mitochon-
drial uniporter controls fight or flight heart rate increases,”
Nature Communications, vol. 6, no. 1, p. 6081, 2015.

[104] T. P. Rasmussen, Y. Wu, M. A. Joiner et al., “Inhibition of
MCU forces extramitochondrial adaptations governing phys-
iological and pathological stress responses in heart,” Proceed-
ings of the National Academy of Sciences of the United States
of America, vol. 112, no. 29, pp. 9129–9134, 2015.

[105] E. Murphy, X. Pan, T. Nguyen, J. Liu, K. M. Holmström, and
T. Finkel, “Unresolved questions from the analysis of mice
lacking MCU expression,” Biochemical and Biophysical
Research Communications, vol. 449, no. 4, pp. 384-385,
2014.

[106] T. Liu and B. O’Rourke, “Enhancing mitochondrial Ca2+

uptake in myocytes from failing hearts restores energy supply
and demand matching,” Circulation Research, vol. 103, no. 3,
pp. 279–288, 2008.

[107] Y. Song, J. C. Shryock, S. Wagner, L. S. Maier, and
L. Belardinelli, “Blocking late sodium current reduces hydro-
gen peroxide-induced arrhythmogenic activity and contrac-
tile dysfunction,” The Journal of Pharmacology and
Experimental Therapeutics, vol. 318, no. 1, pp. 214–222, 2006.

[108] O. Zeitz, A. E. Maass, P. Van Nguyen et al., “Hydroxyl
radical-induced acute diastolic dysfunction is due to calcium
overload via reverse-mode Na(+)-Ca(2+) exchange,” Circula-
tion Research, vol. 90, no. 9, pp. 988–995, 2002.

[109] M.-L. A. Joiner, O. M. Koval, J. Li et al., “CaMKII determines
mitochondrial stress responses in heart,” Nature, vol. 491,
no. 7423, pp. 269–273, 2012.

[110] F. Fieni, D. E. Johnson, A. Hudmon, and Y. Kirichok, “Mito-
chondrial Ca2+ uniporter and CaMKII in heart,” Nature,
vol. 513, no. 7519, pp. E1–E2, 2014.

[111] E. Barbieri and P. Sestili, “Reactive oxygen species in skeletal
muscle signaling,” Journal of Signal Transduction, vol. 2012,
Article ID 982794, 17 pages, 2012.

[112] M. L. Urso and P. M. Clarkson, “Oxidative stress, exercise,
and antioxidant supplementation,” Toxicology, vol. 189,
no. 1-2, pp. 41–54, 2003.

[113] S. Cortassa, B. O’Rourke, and M. A. Aon, “Redox-optimized
ROS balance and the relationship between mitochondrial res-
piration and ROS,” Biochimica et Biophysica Acta (BBA) -
Bioenergetics, vol. 1837, no. 2, pp. 287–295, 2014.

[114] M. A. Aon, S. Cortassa, and B. O’Rourke, “Redox-optimized
ROS balance: a unifying hypothesis,” Biochimica et Biophy-
sica Acta (BBA) - Bioenergetics, vol. 1797, no. 6-7, pp. 865–
877, 2010.

[115] S. Messina, D. Altavilla, M. Aguennouz et al., “Lipid peroxi-
dation inhibition blunts nuclear factor-κB activation, reduces
skeletal muscle degeneration, and enhances muscle function
in mdx mice,” The American Journal of Pathology, vol. 168,
no. 3, pp. 918–926, 2006.

[116] A. Toscano, S. Messina, G. M. Campo et al., “Oxidative stress
in myotonic dystrophy type 1,” Free Radical Research, vol. 39,
no. 7, pp. 771–776, 2005.

[117] S. Fulle, F. Protasi, G. Di Tano et al., “The contribution
of reactive oxygen species to sarcopenia and muscle age-
ing,” Experimental Gerontology, vol. 39, no. 1, pp. 17–24,
2004.

[118] M. Buck and M. Chojkier, “Muscle wasting and dedifferenti-
ation induced by oxidative stress in a murine model of
cachexia is prevented by inhibitors of nitric oxide synthesis
and antioxidants,” The EMBO Journal, vol. 15, no. 8,
pp. 1753–1765, 1996.

[119] J. S. Moylan and M. B. Reid, “Oxidative stress, chronic dis-
ease, and muscle wasting,” Muscle & Nerve, vol. 35, no. 4,
pp. 411–429, 2007.

[120] R. Robinson, D. Carpenter, M.-A. Shaw, J. Halsall, and
P. Hopkins, “Mutations in RYR1 in malignant hyperthermia
and central core disease,” Human Mutation, vol. 27, no. 10,
pp. 977–989, 2006.

[121] D. Schneiderbanger, S. Johannsen, N. Roewer, and
F. Schuster, “Management of malignant hyperthermia: diag-
nosis and treatment,” Therapeutics and Clinical RiskManage-
ment, vol. 10, pp. 355–362, 2014.

[122] P. Szentesi, C. Collet, S. Sárközi et al., “Effects of dantrolene
on steps of excitation-contraction coupling in mammalian
skeletal muscle fibers,” The Journal of General Physiology,
vol. 118, no. 4, pp. 355–376, 2001.

[123] A. Michelucci, A. De Marco, F. A. Guarnier, F. Protasi,
and S. Boncompagni, “Antioxidant treatment reduces for-
mation of structural cores and improves muscle function
in RYR1Y522S/WT mice,” Oxidative Medicine and Cellular
Longevity, vol. 2017, Article ID 6792694, 15 pages,
2017.

[124] W. J. Durham, P. Aracena-Parks, C. Long et al.,
“RyR1 S-nitrosylation underlies environmental heat stroke
and sudden death in Y522S RyR1 knockin mice,” Cell,
vol. 133, no. 1, pp. 53–65, 2008.

[125] M. Kelly-Worden and E. Thomas, “Mitochondrial dysfunc-
tion in Duchenne muscular dystrophy,” Open Journal of
Endocrine and Metabolic Diseases, vol. 4, no. 8, pp. 211–
218, 2014.

[126] J. C. Liu, J. Liu, K. M. Holmström et al., “MICU1 serves as a
molecular gatekeeper to prevent in vivo mitochondrial cal-
cium overload,” Cell Reports, vol. 16, no. 6, pp. 1561–1573,
2016.

[127] T. Calì, D. Ottolini, and M. Brini, “Mitochondrial Ca2+ and
neurodegeneration,” Cell Calcium, vol. 52, no. 1, pp. 73–85,
2012.

[128] A. Kumar, K. Bodhinathan, and T. C. Foster, “Susceptibility
to calcium dysregulation during brain aging,” Frontiers in
Aging Neuroscience, vol. 1, p. 2, 2009.

[129] M. Brini, T. Calì, D. Ottolini, and E. Carafoli, “Neuronal cal-
cium signaling: function and dysfunction,” Cellular and
Molecular Life Sciences, vol. 71, no. 15, pp. 2787–2814, 2014.

[130] M. J. Berridge, “Neuronal calcium signaling,”Neuron, vol. 21,
no. 1, pp. 13–26, 1998.

[131] I. Llorente-Folch, C. B. Rueda, B. Pardo, G. Szabadkai, M. R.
Duchen, and J. Satrustegui, “The regulation of neuronal
mitochondrial metabolism by calcium,” The Journal of
Physiology, vol. 593, no. 16, pp. 3447–3462, 2015.

[132] T. F. Beckhauser, J. Francis-Oliveira, and R. De Pasquale,
“Reactive oxygen species: physiological and physiopathologi-
cal effects on synaptic plasticity,” Journal of Experimental
Neuroscience, vol. 10s1, 2016.

17Oxidative Medicine and Cellular Longevity



[133] J. Chao, L. Yang, S. Buch, and L. Gao, “Angiotensin II
increased neuronal stem cell proliferation: role of AT2R,”
PLoS One, vol. 8, no. 5, article e63488, 2013.

[134] E. Topchiy, E. Panzhinskiy, W. S. T. Griffin, S. W. Barger,
M. Das, and W. M. Zawada, “Nox4-generated superoxide
drives angiotensin II-induced neural stem cell proliferation,”
Developmental Neuroscience, vol. 35, no. 4, pp. 293–305,
2013.

[135] C. Hidalgo and A. Arias-Cavieres, “Calcium, reactive oxygen
species, and synaptic plasticity,” Physiology, vol. 31, no. 3,
pp. 201–215, 2016.

[136] C. A. Massaad and E. Klann, “Reactive oxygen species in the
regulation of synaptic plasticity and memory,” Antioxidants
& Redox Signaling, vol. 14, no. 10, pp. 2013–2054, 2011.

[137] Z. Li, G. Ji, and V. Neugebauer, “Mitochondrial reactive oxy-
gen species are activated by mGluR5 through IP3 and activate
ERK and PKA to increase excitability of amygdala neurons
and pain behavior,” The Journal of Neuroscience, vol. 31,
no. 3, pp. 1114–1127, 2011.

[138] R. De Pasquale, T. F. Beckhauser, M. S. Hernandes, and L. R.
Giorgetti Britto, “LTP and LTD in the visual cortex require
the activation of NOX2,” The Journal of Neuroscience,
vol. 34, no. 38, pp. 12778–12787, 2014.

[139] H. Fujii and T. Hirano, “Calcineurin regulates induction of
late phase of cerebellar long-term depression in rat cultured
Purkinje neurons,” The European Journal of Neuroscience,
vol. 16, no. 9, pp. 1777–1788, 2002.

[140] H. Y. Kim, K. Y. Lee, Y. Lu et al., “Mitochondrial Ca2+ uptake
is essential for synaptic plasticity in pain,” The Journal of
Neuroscience, vol. 31, no. 36, pp. 12982–12991, 2011.

[141] J. A. Dykens, “Isolated cerebral and cerebellar mitochondria
produce free radicals when exposed to elevated Ca2+ and
Na+: implications for neurodegeneration,” Journal of Neuro-
chemistry, vol. 63, no. 2, pp. 584–591, 1994.

[142] I. J. Reynolds and T. G. Hastings, “Glutamate induces the
production of reactive oxygen species in cultured forebrain
neurons following NMDA receptor activation,” The Journal
of Neuroscience, vol. 15, no. 5, pp. 3318–3327, 1995.

[143] H. She, Q. Yang, K. Shepherd et al., “Direct regulation of
complex I by mitochondrial MEF2D is disrupted in a mouse
model of Parkinson disease and in human patients,” The
Journal of Clinical Investigation, vol. 121, no. 3, pp. 930–
940, 2011.

[144] G. H. Kim, J. E. Kim, S. J. Rhie, and S. Yoon, “The role of oxi-
dative stress in neurodegenerative diseases,” Experimental
Neurobiology, vol. 24, no. 4, pp. 325–340, 2015.

[145] J. Qiu, Y.-W. Tan, A. M. Hagenston et al., “Mitochondrial
calcium uniporter Mcu controls excitotoxicity and is tran-
scriptionally repressed by neuroprotective nuclear calcium
signals,” Nature Communications, vol. 4, no. 1, p. 2034, 2013.

[146] N. N. Pavlova and C. B. Thompson, “The emerging hallmarks
of cancer metabolism,” Cell Metabolism, vol. 23, no. 1,
pp. 27–47, 2016.

[147] S. Marchi and P. Pinton, “Alterations of calcium homeostasis
in cancer cells,” Current Opinion in Pharmacology, vol. 29,
pp. 1–6, 2016.

[148] S. Marchi, L. Lupini, S. Patergnani et al., “Downregulation
of the mitochondrial calcium uniporter by cancer-related
miR-25,” Current Biology, vol. 23, no. 1, pp. 58–63, 2013.

[149] A. Tosatto, R. Sommaggio, C. Kummerow et al., “The mito-
chondrial calcium uniporter regulates breast cancer

progression via HIF‐1α,” EMBO Molecular Medicine, vol. 8,
no. 5, pp. 569–585, 2016.

[150] G.-Y. Liou and P. Storz, “Reactive oxygen species in cancer,”
Free Radical Research, vol. 44, no. 5, pp. 479–496, 2010.

[151] S. Marchi, M. Corricelli, A. Branchini et al., “Akt‐mediated
phosphorylation of MICU1 regulates mitochondrial Ca2+

levels and tumor growth,” The EMBO Journal, vol. 38,
no. 2, article e99435, 2019.

[152] A. Gastaldello, H. Callaghan, P. Gami, and M. Campanella,
“Ca2+ -dependent autophagy is enhanced by the pharmaco-
logical agent PK11195,” Autophagy, vol. 6, no. 5, pp. 607–
613, 2010.

[153] J. M. Vicencio, C. Ortiz, A. Criollo et al., “The inositol
1,4,5-trisphosphate receptor regulates autophagy through
its interaction with Beclin 1,” Cell Death and Differentia-
tion, vol. 16, no. 7, pp. 1006–1017, 2009.

[154] A. Rimessi, M. Bonora, S. Marchi et al., “Perturbedmitochon-
drial Ca2+ signals as causes or consequences of mitophagy
induction,” Autophagy, vol. 9, no. 11, pp. 1677–1686, 2013.

[155] J. P. Bernardini, M. Lazarou, and G. Dewson, “Parkin and
mitophagy in cancer,” Oncogene, vol. 36, no. 10, pp. 1315–
1327, 2017.

[156] M. C. Picchio, E. S. Martin, R. Cesari et al., “Alterations of the
tumor suppressor gene Parkin in non-small cell lung cancer,”
Clinical Cancer Research, vol. 10, no. 8, pp. 2720–2724, 2004.

[157] F.-M. Kong, M. S. Anscher, M. K. Washington, J. K. Killian,
and R. L. Jirtle, “M6P/IGF2R is mutated in squamous cell
carcinoma of the lung,” Oncogene, vol. 19, no. 12, pp. 1572–
1578, 2000.

[158] S. R. Denison, F. Wang, N. A. Becker et al., “Alterations in the
common fragile site gene Parkin in ovarian and other
cancers,” Oncogene, vol. 22, no. 51, pp. 8370–8378, 2003.

[159] S. Saito, S. Sirahama, M. Matsushima et al., “Definition of a
commonly deleted region in ovarian cancers to a 300-kb seg-
ment of chromosome 6q27,” vol. 56, no. 24, pp. 5586–5589,
1996.

[160] H. Alder, M. Shimizu, A. Drusco et al., “Parkin, a gene impli-
cated in autosomal recessive juvenile parkinsonism, is a can-
didate tumor suppressor gene on chromosome 6q25-q27,”
Proceedings of the National Academy of Sciences, vol. 100,
no. 10, pp. 5956–5961, 2003.

[161] C. Giorgi, C. Agnoletto, A. Bononi et al., “Mitochondrial
calcium homeostasis as potential target for mitochondrial
medicine,” Mitochondrion, vol. 12, no. 1, pp. 77–85, 2012.

18 Oxidative Medicine and Cellular Longevity



Research Article
Inhibition of Mitofusin-2 Promotes Cardiac Fibroblast Activation
via the PERK/ATF4 Pathway and Reactive Oxygen Species

Yanguo Xin ,1 Wenchao Wu ,2 Jing Qu ,2 Xiaojiao Wang,2 Song Lei,3 Lixing Yuan ,4

and Xiaojing Liu 1,2

1Department of Cardiology, West China Hospital, Sichuan University, Chengdu 610041, China
2Laboratory of Cardiovascular Diseases, Regenerative Medicine Research Center, West China Hospital, Sichuan University,
Chengdu 610041, China
3Department of Pathology, West China Hospital, Sichuan University, Chengdu 610041, China
4Public Laboratory of West China Second University Hospital, Sichuan University, Chengdu 610041, China

Correspondence should be addressed to Lixing Yuan; yuanlixing@scu.edu.cn and Xiaojing Liu; liuxq@scu.edu.cn

Received 27 September 2018; Accepted 6 December 2018; Published 16 April 2019

Guest Editor: Valentina Giorgio

Copyright © 2019 Yanguo Xin et al. This is an open access article distributed under the Creative Commons Attribution License,
which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.

Mitofusin-2 (Mfn2) is a key outer mitochondrial membrane protein, which maintains normal mitochondrial dynamics and
function. However, its role in cardiac fibroblast activation remains poorly understood. In the present study, a rat model of
transverse aortic constriction (TAC) was established to observe the cardiac fibroblast activation in vivo. TGF-β1 treatment for
24 hours was used to induce cardiac fibroblast activation in vitro. As a result, the expression of Mfn2 decreased in the
hypertrophic heart tissues and cardiac fibroblasts treated with TGF-β1. siMfn2 and adenovirus were applied to mediate Mfn2
gene silencing and overexpression in cardiac fibroblasts to elucidate the relationship between Mfn2 and cardiac fibroblast
activation, as well as the possible underlying mechanisms. Knockdown of Mfn2 further promoted TGF-β1-induced cardiac
fibroblast activation, while forced expression of Mfn2 attenuated this pathological reaction. The PERK/ATF4 pathway, one of
the branches of endoplasmic reticulum (ER) stress, was identified to be involved in this process. Knockdown and overexpression
of Mfn2 lead to aggravation or alleviation of the PERK/ATF4 pathway. Blocking this pathway by silencing ATF4 with siATF4
attenuated the pathological process. During the activation of cardiac fibroblasts, knockdown of Mfn2 also increased the
production of reactive oxygen species (ROS), while ROS scavenger N-acetyl-l-cysteine (NAC) could attenuate the effect caused
by knockdown of Mfn2. Our data suggested that inhibition of Mfn2 could promote cardiac fibroblast activation by activating
the PERK/ATF4 signaling pathway and increasing the generation of ROS.

1. Introduction

Cardiac hypertrophy occurring in pathological conditions
(such as hypertension, valvular heart diseases, myocardial
infarction, and cardiomyopathy) is an independent risk
factor of cardiac morbidity and mortality. It is a complex
cellular reprogramming process involving cardiomyocyte
hypertrophy and cardiac fibroblast activation [1]. Cardiac
fibroblasts represent about 2/3 of the cardiac cellular popula-
tion and play a critical role in cardiac remodeling by regulat-
ing structural, biochemical, mechanical, and electrical
properties of the heart [2, 3]. However, the mechanism of
cardiac fibroblast activation is still largely unknown.

Evidence suggests that mitochondrial dynamics partici-
pates in the pathological process of cardiac hypertrophy [4,
5]. Mitochondrial dynamics is a collective term for mito-
chondrial movement, the count-balanced fusion-fission
events, which regulate their morphology and functions. The
fusion and fission events are regulated by specific GTP-
dependent proteins that allow a tubule reticular networking
morphology via fusion of the outer mitochondrial membrane
(OMM) and inner mitochondrial membrane (IMM) fusion
with redistribution of matrix components [6]. Interestingly,
all of these mitochondrial dynamic-related proteins are pres-
ent in the heart and vascular system but their roles there have
only begun to be elucidated.
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Mfn2, one of the mitochondrial fusion proteins located at
the OMM of mitochondria, is a dynamic-like GTPase. Mfn2
plays a critical role in the maintenance of the mitochondrial
network and normal function. Previous studies have demon-
strated that overexpression of Mfn2 profoundly suppresses
the mitogenic stimulus-evoked proliferation of vascular
smooth muscle cells via inhibiting the Ras-ERK1/2 pathway
[7]. Upregulation of Mfn2 inhibited angitensin-II induced
myocardial hypertrophy by inhibiting Akt signaling [8].
Guan et al. reported that Mfn2 was a downstream mediator
of miR-106a in pathological cardiac hypertrophy [9]. How-
ever, whether Mfn2 participates in the activation of cardiac
fibroblasts has not been determined yet. Of particular note,
Mfn2 is reported as the tethering of mitochondria to the
endoplasmic reticulum (ER) to form the mitochondria-
associated membranes (MAMs), which are unique struc-
tures crucial for mitochondrial bioenergetics. It is reported
that the extent and length of MAMs depend on cellular
conditions such as ER stress [10]. Therefore, Mfn2 may
modulate ER stress beyond its function in regulating mito-
chondrial dynamics.

Our previous work has identified that ER stress and ROS
are important mechanisms involved in cardiac hypertrophy
[11–13]. ER stress is defined as the accumulation of mis-
folded proteins within the ER lumen, initiating three major
pathways to restore ER homeostasis. These signaling path-
ways, known as unfolded protein response (UPR), comprise
protein kinase RNA-like ER kinase (PERK)/activating
transcriptional factor 4 (ATF4), inositol-requiring protein
1α (IRE1α)/Xbp1s, and activating transcriptional factor 6
(ATF6) pathways [14]. On the other hand, ROS is highly
reactive in cardiomyocyte hypertrophy and even in the acti-
vation of cardiac fibroblasts via the NOX1/NADPH oxidase
signaling pathway [15]. Based on the aforementioned find-
ings, we postulated that upregulation of Mfn2 may protect
cardiac fibroblast from activation, in part, via inhibiting ER
stress and ROS.

Accordingly, this study was aimed at determining (1) the
expression change of Mfn2 during the process of cardiac
fibroblast activation, (2) the potential role of Mfn2 in the
pathological process of cardiac fibrosis, and (3) whether ER
stress and ROS are involved in the process of Mfn2-
regulated cardiac fibroblast activation.

2. Materials and Methods

2.1. Animal Model of Transverse Aortic Constriction Surgery
(TAC). All animals used in our study received humane care,
and this study was approved by the animal ethics committee
of West China Hospital of Sichuan University (ethic number
2014003A). Transverse aortic constriction (TAC) in the rats
is a widely used model for pressure overload-induced cardiac
hypertrophy [16] and was used in our previous studies.
Briefly, rats were anesthetized, intubated, and placed supine
on a heated pat for mechanical ventilation. A suture was tied
around a blunt 22-gauge needle placed on the aortic arch
between the brachiocephalic and left carotid arteries, estab-
lishing a reproducible aortic stenosis. Control rats were sham
operated. Four weeks after surgery, the operation’s effects

were evaluated by echocardiography before the rat hearts
were dissected and snap frozen in liquid nitrogen and stored
at -80°C until use.

2.2. Cell Culture and Pharmaceutical Treatments. The cardiac
fibroblasts were obtained from decapitated 0- to 3-day-old
Sprague-Dawley rats by collagenase II (0.05%) (Gibco) and
trypsin (0.05%) digestion according to previous reports [17,
18]. Isolated cells from each digestion were pooled in DMEM
(high glucose, BI, Israel) supplemented with 10% fetal bovine
serum (FBS) (BI, Israel), penicillin (100U/ml), and strepto-
mycin (100U/ml). The cell suspensions were centrifuged at
1200 rpm for 5min, and the isolated cells were resuspended
and seeded in a culture flask at 37°C and 5% CO2. After
90min, for fibroblast adherence, cardiomyocytes were
removed. Cardiac fibroblasts were passaged upon 90% con-
fluency; after the first passage, cardiac fibroblasts were incu-
bated with 1% BSA-DMEM for 4-6 h before being treated
with the known cardiac fibroblast activation stimuli, TGF-
β1 (10 ng/ml, PeproTech) for 24 h to induce cardiac fibro-
blast activation.

2.3. Small Interfering RNA (siRNA) Transfection. Cells were
seeded on 6-well plates at 50-60% confluence before transfec-
tion. siRNAs for Mfn2 (siMfn2) were transfected into cardiac
fibroblasts for 24 h using the transfection reagent riboFECT™
CP (RiboBio™, China) before stimulation with NAC (Selleck,
S1623) for 2 h and then TGF-β1 for 24h. Individual siRNAs
(100 nM, RiboBio™, China), riboFECT™ CP buffer, ribo-
FECT™ CP reagent, and DMEM were mixed, incubated at
room temperature for 10-15min, and then added to the cell
cultures. All siRNA sequences are shown in Table 1.

2.4. Adenovirus Transduction. Recombinant Mfn2 adenovi-
ruses designed and produced by Hanbio Biotechnology
Co. Ltd. were constructed using the pHBAD-EF1-MCS-
3flag-CMV-GFP vector. Adenoviruses containing rat Mfn2
gene, which encodes rat Mfn2 protein (AdMfn2) and sham
adenovirus containing green fluorescent protein (AdGFP,
Adctr) used in this study were propagated in HEK293 cells
to a final titer of 1 × 1010. Cardiac fibroblasts were incu-
bated with AdMfn2 and Adctr at a multiplicity of infection
of 300. DMEM without FBS was used to dilute adenovirus.
After incubation for 8 h, the medium was changed to
serum-containing medium for 24 h followed by the treat-
ments of stimuli.

2.5. Real-Time Polymerase Chain Reaction Analysis (qRT-
PCR). Gene expression was measured by quantitative qRT-
PCR as our previous report [18]. Total RNA was extracted
from cells with TRizol (Invitrogen, USA), and cDNA was
synthesized using a reverse transcription (RT) kit (Toyobo,
Japan). qRT-PCR was carried out on a CFX96 Real-Time
PCR Detection System (Bio-Rad, USA) with fluorescence
dye SYBR Green (SYBR Green Supermix kit, Bio-Rad,
USA). Primer sequences were shown in Table 2. Normaliza-
tion of gene expression was achieved by comparing the
expression of β-actin for the corresponding samples. Relative
fold expression values were determined applying the 2−ΔΔCt
threshold (Ct) method.
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2.6. Intracellular ROS Measurement. Intracellular ROS pro-
duction was determined by oxidative conversion of cell-
permeable 20,70-dichlorofluorescein diacetate (H2DCFDA)
(Sigma-Aldrich) to fluorescent dichlorofluorescein [11]. Car-
diac fibroblasts were washed with serum-free DMEM and
incubated with H2DCFDA (10mM) for 60min at 37°C in
an incubator. Cells were then trypsinized (0.05% trypsin free
of EDTA, Gibco) and resuspended in PBS, and the samples
were analyzed by flow cytometry (FCM) (BD FACSCalibur)
at excitation and emission wavelengths of 485nm and
530nm, respectively.

2.7. Immunofluorescence Staining and Confocal Imaging.
Cardiac fibroblasts were plated in 24-well confocal plates;
when reaching 60-70% confluent, cells were fixed with 4%
paraformaldehyde for 30min at 4°C and subsequently
permeabilized with 0.5% Triton X-100 solution for 10min
at room temperature. Fixed cells were incubated with anti-
α-SMA (1 : 200) or Mfn2 (1 : 200) primary antibody over-
night at 4°C. The second antibody was Alexa Fluor 488 Goat
Anti-Rabbit IgG (1 : 400, green fluorescence, Invitrogen,
USA) or Alexa Fluor 594 Goat Anti-Rabbit IgG (1 : 400, red
fluorescence, Invitrogen, USA). After incubation with the
second antibody for 2 h at room temperature, rinse cells
and incubate them with diluted DAPI for 10min, away from
light. Images were captured on a confocal inverted micro-
scope for line scan analysis (FluoView FV1000, Japan).

2.8. EdU Proliferation Assay. Cells were seeded in 24-well
plates to assay cell proliferation. Transfection or transduction
and treatment of cells were performed as described above.
Cell proliferation was detected using the incorporation of 5-
ethynyl-2′-deoxyuridine (EdU) with an EdU Cell Prolifera-
tion Assay Kit (Ribobil™, China), according to the manufac-
turer’s protocol. Cells were incubated with 50μM EdU for
1.5 h before fixation, permeabilization, EdU staining, and
DAPI counterstaining. Images were collected using an
Eclipse TE2000-U fluorescence microscope system (Nikon,
Japan). For every group, 4 fields, or more than 800 cells, were
evaluated in every experiment.

2.9. Protein Extraction and Western Blot Analysis. For tissue
extraction, the frozen heart tissue was homogenized and
lysed by a RIPA buffer (Beyotime) with protease and phos-
phatase inhibitor cocktail, subsequently sonicated for 15 s.
For whole cell extraction, cells were lysed with RIPA buffer
(Beyotime) with protease and phosphatase inhibitor cocktail.
After centrifugation at 16000 × g for 10min (4°C), the pro-
tein concentrations were subsequently determined using the
BCA Protein Assay Kit (Thermo Fisher scientific). Then the
protein samples (25μg) were subjected to SDS-PAGE, trans-
ferred to a PVDF membrane (Millipore, Bedford, MA),
blocked with 5% skimmilk in Tris-buffered saline and Tween
20 (TBST) solution for 2 h, and probed with corresponding
primary antibodies at 4°C overnight, and HRP-conjugated
secondary antibodies (1 : 3000) were incubated for 1 h. The
antigen-antibody complexes were detected by enhanced
chemiluminescence (ECL) (Bio-Rad). Images of the Western
blot assay were carried out and analyzed using ChemiScope
6000 (CLINX, China). The protein levels were normalized
to β-actin.

2.10. Wound Healing Assay. In order to verify the ability of
migration, wound healing assay was performed on cardiac
fibroblasts and cells were seeded in 6-well plates and grown
to subconfluence. A scratch was then made in each well using
a 200μl pipette tip, and the wounded monolayers were
washed twice with PBS to remove cell debris and floating
cells. The wounds (4 randomly selected points per wound)
were photographed at the beginning (time 0h) and then after
24 and 48 h under an inverted microscope with a digital cam-
era, and the distance migrated by the cells was measured at
the reference points by an image-processing software
(Image-Pro Plus) [18].

2.11. Mitochondrial Morphology Observation by
Transmission Electron Microscope (TEM). Cells were seeded
on 6-well plates at 50-60% confluence before siMfn2 trans-
fection or adenovirus transduction. TEM was carried out
according to a previous study [19]. In brief, after being fixed
in cold 2.5% glutaraldehyde for 2 h at 4°C, cells were washed
with PBS (0.2mol/l, pH7.4) for 2 h, fixed with 1% osmic acid
for 2 h, and then washed six times with PBS for 10min per
wash. The samples were dehydrated with ethanol and
cleaned with epoxypropane. They were embedded in EPON
812 overnight at room temperature. Ultrathin sections (40–
60 nm) were cut (EM UC61rt, Leica) and stained with uranyl

Table 1: siRNA sequences of Mfn2 and ATF4.

Names Sequences

siMfn2 CCTCTCCTTTGGACTGTAT

siATF4 CCTCACTGGCGAGTGTAAA

Negative control (NC) Supported by RiboBio™

Table 2: Primer sequences and amplicon sizes for real-time RT-
PCR.

Genes Primer sequence (5′-3′)

COL-1
F: 5′ACGTCCTGGTGAAGTTGGTC3′
R: 5′TCCAGCAATACCCTGAGGTC3′

CTGF
F: 5′CAGGGAGTAAGGGACACGA3′

R: 5′ACAGCAGTTAGGAACCCAGAT3′

α-SMA
F: 5′CCGAGATCTCACCGACTACC3′
R: 5′ATGCCACAGGATTCCATACCC3′

Mfn2
F: 5′CACTTGTCTTCCCCAATGAG3′
R: 5′GGAGAGGAAACCUGAC3′

β-Actin
F: 5′CCUCUCCUUUGGACUGUAU3′
R: 5′ATGCCACAGGATTCCATACCC3′

TGF-β1
F: 5′TGAGTGGCTGTCTTTTGACG3′
R: 5′ACTGAAGCGAAAGCCCTGTA3′

ATF4
F: 5′TGGAGUGACCGCUCACAUUU3′
R: 5′CCUCACUGGCGAGUGUAAA3′

3Oxidative Medicine and Cellular Longevity



acetate/lead citrate. These sections were subsequently visu-
alized using a transmission electron microscope (H-7650,
Hitachi). We analyzed mitochondrial morphology accord-
ing to previous publications; count measure and analysis
on the TEM picture were carried out by ImageJ software,
and we identified the length of mitochondria in the control
group as the threshold value. At least three views of each
group including more than 50 mitochondria (n > 50) were
analyzed [20–22].

2.12. Statistical Analysis. All data are presented as mean ±
SEM. Data were analyzed with SPSS22.0 software. Differ-
ences between groups were evaluated for significance using
single-tailed Student’s t-test of unpaired data or one-way
analysis of variance (ANOVA). Bonferroni posttest analysis
was used to compensate for multiple testing procedures. A
value of P < 0 05 was considered significant.

3. Results

3.1. Mfn2 Expression Is Decreased in Heart Tissues of TAC
Rats and Activated Cardiac Fibroblasts. Firstly, we evaluated
the change of Mfn2 expression in TAC rats compared with
that in sham-operated rats. Echocardiography indicators
and HE staining suggested that cardiac hypertrophy is
induced by the TAC model successfully in our previous
papers [11, 18]. As shown in Figure 1(a), the left ventricular
weight to body weight (HW/BW) (mg/g) ratio also implied
that cardiac hypertrophy was induced in TACmodels. Mean-
while, following TAC operation, the expressions of cardiac
fibrosis markers, connective tissue growth factor (CTGF),
collagen type I (COL-1), α-smooth muscle actin (α-SMA),
and transforming growth factor β (TGF-β) mRNA, were
increased by approximately 1.6-, 1.6-, 1.4-, and 2.2-fold,
respectively, compared with those of the sham group. The
protein levels of TGF-β, CTGF, and α-SMA also increased
by about 2.1-,1.5-, and 2.8-fold, respectively (Figure 1(b)).
Simultaneously, the mRNA and protein expressions of
Mfn2 were downregulated approximately by 40% and 55%,
respectively, in the TAC group compared with the sham
group (Figure 1(c)).

Next, we detected Mfn2 expression in primary cultured
cardiac fibroblasts treated with fibrotic agonist TGF-β1,
10 ng/ml for 24 h. As shown in Figure 1(d), compared with
those of the TGF-β1 group, the mRNA levels of CTGF, α-
SMA, and TGF-β were increased by 1.5-,1.4-, and 1.2-fold,
respectively, in TGF-β1-stimulated cardiac fibroblasts; the
protein expressions increased by 1.8-,1.5-, and 1.8-fold,
respectively (Figure 1(d)). The confocal image analysis
showed that the expression of α-SMA increased by 1.8-fold
(Figure 1(e)), the proliferation of cardiac fibroblasts increased
by 1.4-fold, and the migration rate increased by 3.2-fold
(Figures 1(f) and 1(g)). In this condition, themRNA and pro-
tein expressions of Mfn2 in fibrotic cardiac fibroblasts were
decreased by almost 45% and 40%, respectively, compared
with the untreated controls (Figure 1(h)). These results indi-
cated that the expression of Mfn2 was decreased in the path-
ological process of cardiac fibroblast activation.

3.2. Mfn2 Plays a Protective Role in the Process of Cardiac
Fibroblast Activation Induced by TGF-β1. To investigate
whether Mfn2 played a potential role in cardiac fibroblast
activation induced by TGF-β1, siMfn2, and Mfn2 overex-
pression adenoviruses were employed in our study. The
results demonstrated that transfection with siMfn2 reduced
the Mfn2 levels by about 40% at mRNA and protein levels
(Figure 2(a)). Compared with the control group, downregu-
lation of Mfn2 turned the cardiac fibroblasts into a more
active phenotype since α-SMA, TGF-β, and CTGF were
upregulated by 1.5-, 1.8-, and 1.4-fold, respectively, at
mRNA level and 1.8-, 2.8-, and 1.9-fold at protein level
(Figure 2(b)). Confocal images showed increased expres-
sions of CTGF and α-SMA by 2.2-fold and 2.4-fold, respec-
tively, compared with those in the control groups
(Figure 2(c)). Silencing of Mfn2 could further promote an
increase in the proliferation rate by about 2.5-fold and an
increase in the migration rate of cardiac fibroblasts by 1.4-
fold (Figures 2(d) and 2(e)). Our data demonstrated that
downregulating the Mfn2 level further promoted the activa-
tion of cardiac fibroblasts.

To further investigate the role of Mfn2 in this pathologi-
cal condition, overexpression of Mfn2 by adenovirus trans-
duction was applied in our experiments. After transduction,
Mfn2 was upregulated by almost 1.5-fold and 3.1-fold at
the mRNA and protein levels, respectively, (Figure 2(f)),
causing decreased mRNA expression of α-SMA (60%),
CTGF (55%), and TGF-β (50%), compared with those of
the control group (Figure 2(g)). Meanwhile the expressions
of α-SMA, CTGF, and TGF-β were decreased by 25%, 30%,
and 20%, respectively, at protein level (Figure 2(g)).

Confocal image also showed decreased expression of
CTGF and α-SMA after Mfn2 adenovirus transfection by
20% and 25%, respectively (Figure 2(h)). Moreover, com-
pared with the control group, the EdU-positive cells in the
Mfn2 adenovirus group decreased by nearly 40%. Mean-
while, the migration ability of cardiac fibroblasts was
reduced by 35% compared with the control group
(Figures 2(i) and 2(j)).

All the above results demonstrated that Mfn2 might play
a protective role in the process of cardiac fibroblast activation
induced by TGF-β1.

3.3. Mitochondrial Morphology Is Impaired in Activated
Cardiac Fibroblasts. Because Mfn2 is a protein located on
the OMM of mitochondria, we observed the morphological
changes of mitochondria in the process of cardiac fibroblast
activation. In Figure 3(a), compared to those of the control
group, MitoTracker imaging showed that fragmented
mitochondria in cardiac fibroblasts increased after being
treated with TGF-β1. The TEM results showed that after
activation induced by TGF-β1, cardiac fibroblasts displayed
fragmented mitochondrial morphology increasing by about
1.6-fold, while the number of fused mitochondria decreased
about 30% (Figure 3(b)). After transduction with Mfn2
overexpression adenovirus, the percentage of fragmented
mitochondria decreased by about 40% and that of fusedmito-
chondria increased by 1.4-fold comparing to those of the con-
trol group (Figure 3(c)). Conversely, fused mitochondria
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Figure 1: Mfn2 was downregulated in rat heart tissues with TAC surgery and in cardiac fibroblasts treated with TGF-β1. Rats were divided
into two groups: sham and TAC. (a) Cardiac image and cardiac hypertrophy index, HW/BW (n = 6); (b) the mRNA and protein levels of
CTGF, TGF-β, collagen1, and α-SMA in rat heart tissues (n = 6); (c) the mRNA and protein levels of Mfn2 in rat heart tissues (n = 6);
cardiac fibroblasts were divided into two groups: control and TGF-β1 treatment: (d) the mRNA and protein levels of CTGF, TGF-β, and
α-SMA in the process of cardiac fibroblast activation (n = 3); (e) immunofluorescence staining of α-SMA in cardiac fibroblasts (the red
fluorescence indicated α-SMA and the blue fluorescence indicated the cell nucleus stained by DAPI, n = 60); (f) the proliferation rate of
cells (the red fluorescence indicated EdU-incorporated cells and the blue fluorescence indicated the cell nucleus stained by DAPI, n = 120);
(g) the migration activity of cardiac fibroblasts (determined by the number of protruding cells from the wound border); (h) the mRNA
and protein levels of Mfn2 in the process of cardiac fibroblast activation (n = 3). Data in (a–h) are expressed as mean ± SEM.
∗ indicates P < 0 05, ∗∗ indicates P < 0 01, and ∗∗ ∗ indicates P < 0 001 vs. the sham or control groups.
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Figure 2: Continued.
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Figure 2: Continued.
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decreased (40%) and fragmented ones increased (1.4-fold)
after transduction with siMfn2 (Figure 3(d)).

3.4. Mfn2 Modulates ER Stress through Repression of the
PERK/ATF4 Pathway in Activated Cardiac Fibroblasts. As
we have identified the mitochondria morphology change
with increased or decreased Mfn2 expression, we further
explored the activation of ER stress pathways. After activa-
tion of cardiac fibroblasts induced by TGF-β1, PERK/ATF4,
and c-ATF6 but not IRE1/Xbp1s, branches were upregulated
(Figure 4(a)). Furthermore, the PERK/ATF4 pathway was
further upregulated after silencing of Mfn2 with siMfn2
(Figure 4(b)); after overexpression of Mfn2, this signaling
was further downregulated compared with the control group
(Figure 4(c)).

To further identify that the PERK/ATF4 pathway was
involved in the activation of cardiac fibroblasts, we employed
ER stress inhibitor 4-PBA, ER stress activator thapsigargin,
and specific ATF4 knockdown siRNA in our study. Our data
indicated that after transfection with siMfn2 and followed
with 4-PBA treatment, the expression level of PERK
decreased by up to 70% compared with that of the siMfn2
group without 4-PBA (Figure 4(d)). Then we found that
followed by blockade of the PERK/ATF4 pathway, the activa-
tion of cardiac fibroblasts was attenuated with the evidence
that protein expressions of CTGF, TGF-β, and α-SMA
decreased by about 20%, 30%, and 30%, respectively, compar-
ing with those of the siMfn2 group (Figure 4(e)). Data about
the proliferation rate according to EdU was consistent with
the above results (Figure 4(f)). Conversely, after transduction
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Figure 2: Mfn2 plays a protective role in the process of cardiac fibroblast activation induced by TGF-β1. (a) The mRNA and protein
expressions of Mfn2 after siMfn2 transfection (n = 3); siMfn2 transfection in the presence or absence of TGF-β1; (b) the mRNA and
protein levels of α-SMA, TGF-β, and CTGF in activated cardiac fibroblasts after transfection with siMfn2 (n = 3); (c) immunofluorescence
staining of CTGF and α-SMA in cardiac fibroblasts (the red fluorescence indicated CTGF/α-SMA and the blue fluorescence indicated the
cell nucleus stained by DAPI, n = 60) after transfection with siMfn2; (d) the proliferation rate of cardiac fibroblasts (the red fluorescence
indicated EdU-incorporated cells and the blue fluorescence indicated the cell nucleus stained by DAPI, n = 120) after transfection with
siMfn2; (e) the migration activity of cardiac fibroblasts (determined by the number of protruding cells from the wound border) after
transfection with siMfn2; (f) the mRNA and protein expressions of Mfn2 after overexpression adenovirus transduction (n = 3); adenovirus
transduction in the presence or absence of TGF-β1; (g) the mRNA and protein levels of α-SMA, TGF-β, and CTGF in activated cardiac
fibroblasts after transduction with adenovirus (n = 3); (h) immunofluorescence staining of CTGF and α-SMA in cardiac fibroblasts (the
red fluorescence indicated CTGF/α-SMA and the blue fluorescence indicated the cell nucleus stained by DAPI, n = 60) after transduction
with adenovirus; (i) the proliferation rate of cardiac fibroblasts (the red fluorescence indicated EdU-incorporated cells and the blue
fluorescence indicated the cell nucleus stained by DAPI, n = 120) after transduction with adenovirus; (j) the migration activity of cardiac
fibroblasts (determined by the number of protruding cells from the wound border) after transduction with adenovirus. Data in (a–j) are
expressed as mean ± SEM. ∗ indicates P < 0 05, ∗∗ indicates P < 0 01, and ∗∗ ∗ indicates P < 0 001 vs. the control groups.
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Figure 3: Mitochondrial morphology was impaired in activated cardiac fibroblasts. (a) MitoTracker analysis of cardiac fibroblasts treated
with TGF-β1 for 24 h; (b) the morphology of fused and fragmented mitochondria in cardiac fibroblasts treated with TGF-β1 for 24 h; (c)
the morphology of fused and fragmented mitochondria in cardiac fibroblasts with siMfn2 transfection in the presence or absence of TGF-
β1; (d) the morphology of fused and fragmented mitochondria in cardiac fibroblasts with overexpression adenovirus transduction in the
presence or absence of TGF-β1; data in (a–d) are expressed as mean ± SEM. The red arrow is for fused mitochondria; the yellow arrow is
for fragmented mitochondria; ∗ indicates P < 0 05, ∗∗ indicates P < 0 01, and ∗∗ ∗ indicates P < 0 001 vs. the NC or NC+TGF-β1 groups.
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Figure 4: Continued.
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withMfn2 overexpression adenovirus, the protein expression
levels of PERK and ATF4 in the AdMfn2 with thapsigargin
(AdMfn2+Th) group increased by 1.5- and 3-fold, respec-
tively, compared with those of the AdMfn2 group without
thapsigargin (Figure 4(g)). With the activation of the PERK/
ATF4 pathway, cardiac fibroblast activation was aggravated
with the protein expressions of CTGF, TGF-β, and α-SMA
increased by about 1.3-, 2.2-, and 0.8-fold, respectively,

comparing with the siMfn2 group (Figure 4(h)). The activa-
tion and proliferation rates of cardiac fibroblasts also
increased according to Western blot and EdU results
(Figure 4(i)).

Furthermore, we applied specific ATF4 siRNA to confirm
the above findings. The results demonstrated that compared
with the siNC+TGF-β1 group, siATF4 reduced the ATF4
levels by 50% (Figure 4(j)). And specific silence of ATF4
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Figure 4: Mfn2 modulated ER stress through repression of the PERK/ATF4 pathway in activated cardiac fibroblasts. (a) Protein expressions
of p-PERK, ATF4, p-IRE1α, Xbp1s, and c-ATF6 with TGF-β1 treatment in cardiac fibroblasts (n = 3); (b) protein expressions of p-PERK,
ATF4, p-IRE1α, Xbp1s, and c-ATF6 in cardiac fibroblasts with siMfn2 transfection in the presence or absence of TGF-β1 (n = 3); (c)
protein expressions of p-PERK, ATF4, p-IRE1α, Xbp1s, and c-ATF6 in cardiac fibroblasts with overexpression adenovirus transduction in
the presence or absence of TGF-β1 (n = 3); (d) the protein level of the ER stress branch, the PERK/ATF4 pathway, after siMfn2
transfection (n = 3); siMfn2 transfection in the presence or absence of 4-PBA; (e) the protein levels of α-SMA, TGF-β, and CTGF in
cardiac fibroblasts after transfection with siMfn2 (n = 3); siMfn2 transfection in the presence or absence of 4-PBA; (f) the proliferation
rate of cardiac fibroblasts (the red fluorescence indicated EdU-incorporated cells and the blue fluorescence indicated the cell nucleus
stained by DAPI, n = 120) after transfection with siMfn2; siMfn2 transfection in the presence or absence of 4-PBA; (g) the protein level of
the ER stress branch, the PERK/ATF4 pathway, after overexpression adenovirus transduction (n = 3); adenovirus transduction in the
presence or absence of thapsigargin; (h) the protein levels of α-SMA, TGF-β, and CTGF in cardiac fibroblasts after transduction with
overexpression adenovirus (n = 3); overexpression adenovirus transduction in the presence or absence of thapsigargin; (i) the proliferation
rate of cardiac fibroblasts (the red fluorescence indicated EdU-incorporated cells and the blue fluorescence indicated the cell nucleus
stained by DAPI, n = 120) after transduction with adenovirus; overexpression adenovirus transduction in the presence or absence of
thapsigargin; (j) protein expression of ATF4 with siMfn2 transfection followed with siATF4 transfection in the presence or absence of
TGF-β1 in cardiac fibroblasts; (k) the protein levels of α-SMA, TGF-β, and CTGF in cardiac fibroblasts after siMfn2 transfection
followed with siATF4 transfection in the presence or absence of TGF-β1 in cardiac fibroblasts; data in (a–k) are expressed as mean ± SEM.
∗ indicates P < 0 05, ∗∗ indicates P < 0 01, and ∗∗ ∗ indicates P < 0 001 vs. the NC or siMfn2 groups.
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Figure 5: Continued.
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receded the process of siMfn2-induced cardiac fibroblast
activation with decreased protein expressions of CTGF,
TGF-β, and α-SMA by 35%, 40%, and 45%, respectively
(Figure 4(k)).

All the above data indicated that Mfn2 modulated ER
stress through repression of the PERK/ATF4 pathway in
the pathological process of cardiac fibroblast activation.

3.5. Mfn2 Regulates the Generation of ROS in Activated
Cardiac Fibroblasts. To investigate the association between
ROS and Mfn2 in cardiac fibroblast activation, we detected
the ROS generation by flow cytometry. Compared with
the control group, ROS generation was increased by about
1.6-fold in cardiac fibroblasts induced by TGF-β1
(Figure 5(a)). After that, we explored whether Mfn2 regu-
lated cardiac fibroblast activation via ROS. According to
Figures 5(b) and 5(c), ROS was decreased by 60% after
overexpression of Mfn2 but increased by 1.4-fold after spe-
cific knockdown of Mfn2.

Further, we employed ROS scavenger, NAC, to figure out
the association between Mfn2 and ROS. Cardiac fibroblasts
were transfected with siMfn2 for 24h before being treated
with NAC and TGF-β1. Western blot was used to confirm

the inhibition effect of siMfn2. The results demonstrated that
after being treated with NAC, the activation of cardiac fibro-
blasts induced by siMfn2 and TGF-β1 was attenuated
(Figure 5(d)). These results indicated that Mfn2 modulated
the process of cardiac fibroblast activation by regulating the
intracellular ROS level.

In order to figure out the potential link between ER stress
and ROS in the process of cardiac fibroblasts, we detected the
expression levels of the PERK/ATF-4 pathway with the
treatment of NAC. Comparing with those of the control
group, p-PERK and ATF-4 proteins showed no significant
difference in NAC-treated cells (Figure 5(e)).

4. Discussion

In the present study, the role of Mfn2 in cardiac fibroblast
activation was investigated. The major findings were illus-
trated in Figure 6.

Mfn2 is an important mitochondrial dynamin-related
protein in maintaining the mitochondrial network and
bioenergetics. Apart from its major involvement in mito-
chondrial fusion, dysfunction of Mfn2 is associated with
various pathological conditions, including diabetes type 2
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Figure 5: Mfn2 regulated the generation of ROS in activated cardiac fibroblasts. (a) The ROS level in cardiac fibroblasts treated with TGF-β1
for 24 h; (b) the ROS level in cardiac fibroblasts after overexpression adenovirus transduction; adenovirus transduction in the presence or
absence of TGF-β1; (c) the ROS level in cardiac fibroblasts after siMfn2 transfection; siMfn2 transfection in the presence or absence of
TGF-β1; (d) the protein levels of α-SMA, TGF-β, and CTGF in cardiac fibroblasts after transfection with siMfn2 (n = 3); siMfn2
transfection in the presence or absence of NAC. Data in (a–d) are expressed as mean ± SEM. NS: no significance. ∗ indicates P < 0 05,
∗∗ indicates P < 0 01, and ∗∗ ∗ indicates P < 0 001 vs. the NC groups.
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[23] and obesity [24]. Mfn2 is also known as hyperplasia
suppressor gene (HSG). Previous studies have reported
that Mfn2 has a potential role in regulating cell prolifera-
tion, apoptosis, and differentiation in many cell types [25–
27]. Mfn2 expression is reduced in hypertrophic models
[28]. In our study, the data of the TAC model showed that
expression of Mfn2 decreased in hypertrophic rat hearts as
early as four weeks after TAC surgery. Due to the fact that
the lack of adeno-associated virus (AAV) transfected into
cardiac fibroblasts in vivo, we isolated cardiac fibroblasts
to verify the function of Mfn2 in vitro. Consistent with
our in vivo results, our in vitro experiments demonstrated
that Mfn2 expression decreased in cardiac fibroblasts
treated with TGF-β1. Additionally, forced expression of
Mfn2 could compensatory rescue cardiac fibroblast activa-
tion and the blockade of Mfn2 expression is harmful to
cardiac fibroblasts.

Another major finding of the present study is that the
PERK/ATF4 pathway contributes to the development of
Mfn2-related cardiac fibroblast activation. PERK/ATF4 and
ATF6 branches, but not IRE/Xbp1s, are activated along with
the decreased expression of Mfn2. However, downregulation
of Mfn2 by its specific siRNAs further promoted cardiac
fibroblast activation via the PERK/ATF4, but not the ATF6,
pathway. These findings are consistent with a published work
indicating that Mfn2 modulated the UPR via repression of

PERK [29]. But we did not observe the changes of the dis-
tance between ER and mitochondria and its association to
the disturbance of ER stress; therefore, we would focus on
this part in the future work. We also observed that with the
stimulation of 4-PBA, the proliferation and transdifferentia-
tion of cardiac fibroblast increased. In physiological condi-
tions, blocking the ER stress pathways via its specific
blocker 4-PBA would cause accumulation of unfolded or
misfolded proteins [30], which may further cause the prolif-
eration and transdifferentiation of cardiac fibroblasts.

Previous studies indicate that in response to ER stress,
ROS are produced downstream of and as a consequence of
the UPR, leading to cell death [31]. Conversely, ROS is a crit-
ical mediator of ER dysfunctions [32]. In our experiments, we
found that treatment with NAC, the ROS scavenger, had no
effect on the activation of the PERK/ATF4 pathway in the
transdifferentiation of cardiac fibroblasts. We held the idea
that there may be a more complicated relationship between
ROS and other ER stress branches. Many drugs and natural
products with modulating ROS generation can regulate ER
stress [33, 34]. ROS and mitochondria have been identified
to have interactions. Mitochondria were regarded as a source
and target for ROS [35]. Although ROS-dependent modifica-
tion of certain key signaling pathways is involved in the path-
ogenesis of cardiac fibroblast activation, the interaction
between ROS and Mfn2 needs further study.

In conclusion, our data have demonstrated that Mfn2
plays a protective role in cardiac fibroblast activation and
downregulation of Mfn2 promotes cardiac fibroblast activa-
tion through the PEAK/ATF4 and ROS pathways. These data
provide insights into novel mechanisms with potential treat-
ment strategies for cardiac hypertrophy.
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The mitochondrial F-ATP synthase is the principal energy-conserving nanomotor of cells that harnesses the proton motive force
generated by the respiratory chain to make ATP from ADP and phosphate in a process known as oxidative phosphorylation. In the
energy-converting membranes, F-ATP synthase is a multisubunit complex organized into a membrane-extrinsic F1 sector and a
membrane-intrinsic FO domain, linked by central and peripheral stalks. Due to its essential role in the cellular metabolism,
malfunction of F-ATP synthase has been associated with a variety of pathological conditions, and the enzyme is now considered
as a promising drug target for multiple disease conditions and for the regulation of energy metabolism. We discuss structural
and functional features of mitochondrial F-ATP synthase as well as several conditions that partially or fully inhibit the coupling
between the F1 catalytic activities and the FO proton translocation, thus decreasing the cellular metabolic efficiency and
transforming the enzyme into an energy-dissipating structure through molecular mechanisms that still remain to be defined.

1. Introduction

Mitochondria are highly dynamic enclosed organelles har-
bouring an outer membrane (OMM) and an inner mem-
brane (IMM) with a small intermembrane space separating
them. The surface of the IMM is significantly bigger than that
of the OMM due to the presence of numerous invaginations
called cristae that extend more or less deeply into the protein-
dense central matrix [1]. In differentiated aerobic cells, mito-
chondria are crucial for ATP production from nutrient oxi-
dation; for ROS (reactive oxygen species) production,
which contributes to mitochondrial damage in several
pathologies and to redox signalling from the organelle to
the rest of the cell [2, 3]; for intracellular calcium signalling;
and for execution of cell death among other functions [4].
This functional versatility is matched by their great variabil-
ity in number and structure depending on the tissue and
the developmental stage. Mitochondria interact with the
cytoskeleton, which modulates their subcellular localization
and motility, and with the endoplasmic reticulum for
calcium homeostasis. ATP is produced from ADP and

phosphate (Pi) by the F-type ATP synthase complex (or
complex V) in a process known as oxidative phosphoryla-
tion, which takes place in the IMM. The four complexes of
the respiratory chain carry out a series of redox reactions,
resulting in oxygen reduction to water, which are able to sus-
tain the proton-pumping activity of complexes I, III, and IV.
These latter generate an electrochemical gradient across the
IMM known as proton motive force, which is absolutely nec-
essary for F-ATP synthase to produce ATP [5]. From the
intermembrane space, however, protons may leak back to
the mitochondrial matrix independent of ATP synthesis,
decreasing the metabolic efficiency and giving rise to mito-
chondrial uncoupling. In the last decade, there has been a
growing interest in characterizing the endogenous dissipat-
ing pathways, as well as in the chemical agents able to induce
a mild mitochondrial uncoupling, which may provide a pow-
erful therapeutic treatment for widespread diseases such as
obesity and diabetes [6, 7]. This review is especially dedicated
to F-ATP synthase and its transition into an energy-
dissipating enzyme through molecular mechanisms that still
remain to be defined.
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2. F-Type ATP Synthase as a Molecular Motor

The complex structure and the unique functional mechanism
of F-ATP synthase are now known thanks to more than 50
years of studies by several researchers, including the three sci-
entists that were awarded the Nobel Prize: Sir Peter Mitchell,
who demonstrated that F-ATP synthase relies on the elec-
trochemical gradient to perform catalysis [5]; Sir John E.
Walker, who solved the mammalian F-ATP synthase struc-
ture [8]; and Paul Boyer, who clarified the mechanism of
rotational catalysis [9]. Nevertheless, some aspects of the
coupling mechanism between proton translocation and
catalysis remain to be fully understood [10].

In all energy-converting membranes, F-ATP synthase
consists of a roughly globular, water-soluble F1 head and a
membrane-embedded FO subcomplex comprising the a sub-
unit and a ring of multiple c subunits. These moieties are
connected by two stalks: the lateral or peripheral stalk, which
is structurally part of the FO moiety, and the central stalk,
which is associated to the F1 sector [10]. All types of F-
ATP synthases function as nanometer-scale rotary machines
consisting of two motors linked by a rotor, which comprises
the c-ring and the central stalk. One motor located in the FO
sector generates movement of the rotor at a rate of ~100
revolutions/s by consuming the proton motive force; the
other, located in the F1 moiety, uses energy transmitted by
the rotor to synthesize ATP. The synthetic motor can work
in reverse, driving the rotor backward with energy from
ATP, releasing ADP and phosphate, and generating a mem-
brane potential [1]. The strict correlation between proton
flux and rotor rotation has been confirmed by measurement
of the H+ :ATP ratio in a bacterial F-ATP synthase, where a
“perfect chemomechanical coupling” between proton trans-
location, rotary motion, and ATP synthesis/hydrolysis has
been reported, excluding “slip” of the rotor, i.e., rotation of
the c-ring without carrying a proton [11]. This coupling is
instead disrupted by the antibiotic oligomycin, which binds
the c-ring, preventing it to rotate in either directions [12].
Our understanding of how the enzyme works has greatly
come from single-molecule studies, which allowed direct
visualization by fluorescence microscopy of rotating bacte-
rial F-ATP synthases driven by ATP hydrolysis [13] and,
more recently, from electron cryomicroscopy analysis of
mitochondrial and bacterial ATP synthases, revealing the
architecture of the FO sector and thus the mechanisms of
proton translocation [14].

In its simplest bacterial form, the FO sector consists of 9-
15 copies of the subunit c, two copies of the subunit b, and a
copy of the subunit a [14]. While the b subunits constitute
part of the peripheral stalk [15], the subunit a is embedded
in the membrane, where it is organized into a four-helix hor-
izontal bundle that wraps around the c-ring, forming two
semichannels through which the H+

flow by protonation/de-
protonation of conserved carboxylic residues present in each
c subunit [16–18]. The eukaryotic FO sector is made up of
subunits A6L, e, f, and g and 2 or 3 other additional subunits
(DAPIT and 6.8PL in vertebrates; i/j, k, and l in yeast),
besides subunits a, b, and c [14]. The smaller c-ring, which
comprises 8 or 10 c subunits in metazoans and yeast, lowers

the bioenergetic cost of ATP synthesis, i.e., the H+/ATP stoi-
chiometry from 3.3 to 2.7, respectively [19].

The peripheral stalk tends to diverge throughout evolu-
tion, even though the overall structure seems to be constant
[15]. The bacterial peripheral stalk consists of the b2 dimer,
which spans the whole enzyme, and a single copy of the sub-
unit δ. Like the FO membrane-embedded part, the eukaryotic
peripheral stalk is more complex. Its membrane distal part is
constituted by one copy of the subunits b, F6, d, and OSCP
(oligomycin-sensitivity conferral protein, homologous to
the bacterial δ subunit) [20], while its base comprises the
C-terminal region of subunit A6L [18, 21], the N-terminal
domain of the subunit f [18], and the subunit i/j in yeast [22].

F1 is the catalytic sector, which is always composed of
three αβ dimers that alternate in surrounding the central
stalk. The latter comprises the γ subunit, which is associated
with the subunit ε in bacteria and with the subunits δ and ε in
eukaryotes [10] (Figure 1). Indeed, the bacterial ε subunit is
homologous to the mitochondrial δ subunit, whereas the
mitochondrial ε subunit has no equivalent in the bacterial
enzyme [10]. The catalytic nucleotide binding sites are
located in the three β subunits at the interfaces with the
respective three α subunits. According to Boyer’s catalysis
model, subunit γ rotation within α3β3 takes each of the three
β subunits through three major functional conformations,
denoted βE (empty), βDP (bound to ADP), and βTP (bound
to ATP), thereby synthesizing three Mg2+-ATP molecules
during each 360° rotation. During ATP hydrolysis, the tran-
sition between βE, βTP, and βDP states drives the opposite
rotation of the γ subunit and the c-ring, thereby causing the
formation of a proton gradient. In both ATP synthetic and
hydrolytic directions, Mg2+ is essential for catalysis [10].

Due to its complexity, the F-ATP synthase assembly
occurs in a modular fashion to prevent formation of interme-
diates that could depolarize the membrane or waste ATP
[23], although the pathways are still debated [24]. The struc-
tural and functional coupling between FO and F1 in the
mature complex is mainly guaranteed by the OSCP or δ sub-
unit in mitochondria and in bacteria, respectively. Through
its contacts with both the α3β3 hexamer and the peripheral
stalk, OSCP or δ prevents corotation of the αβ dimers with
the γ subunit, thereby ensuring very high enzyme efficiency
[25]. Another domain crucial for the functional coupling is
located at the C-terminus of β subunit, which is in direct con-
tact with γ subunit, termed the DELSEED loop, which is
thought to transfer the torque to γ from the nucleotide bind-
ing domain [26]. Moreover, in mitochondria, the high cata-
lytic efficiency of F-ATP synthase seems to be mediated
also by formation of the V-shaped dimers [27, 28]. The elec-
tron cryomicroscopy maps of the mammalian [29] and yeast
[18] enzymes revealed that subunits e and g, with the N-
terminal part of subunit b and probably of subunit k in yeast,
create in the F-ATP synthase monomers a subdomain that
bends the IMM. These bends would drive self-assembly of
the monomers into V-shaped dimers. Then, dimers self-
assemble into long rows of oligomers localized at the cristae
ridges [30] to maintain the typical IMM morphology [31].
The mitochondrial cristae would act as proton traps, favour-
ing effective ATP synthesis by F-ATP synthase localized at
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the apex. Electron cryotomography showed that the dimers
are organized in situ with the peripheral stalks turned away
from one another [32] and are formed through the contribu-
tion of several FO subunits (a, b, e, f, g, i/j, and k) [18].

3. Mitochondrial Uncoupling

Mitochondrial uncoupling is quite a general term and refers
to any pathway that enables proton reentry into the matrix
independent of ATP production. Indeed, the oxidative phos-
phorylation involves the coupling of redox reactions of the
respiratory chain to ATP synthesis by the F-ATP synthase
through a proton cycle across the IMM. These reactions,
however, are not fully coupled, since protons can return to
the mitochondrial matrix independent of ATP synthesis by
either unregulated endogenous pathways, termed basal pro-
ton leaks, which are indeed modifiable by drugs or by induc-
ible leaks through protein complexes (Figure 2). This energy-

dissipating cycling occurs in all eukaryotic cells and accounts
for a varying proportion of cellular metabolism, depending
on the tissue type [33].

Physiological uncoupling is typically mediated in mam-
mals by the finely regulated uncoupling protein 1 (UCP1),
an integral membrane protein of the brown adipose tissue
(BAT) that mediates the leak of protons across the IMM, dis-
sipating the proton gradient and inducing heat production
[34]. Physiological uncoupling also enables fine-tuning of
insulin secretion by uncoupling protein 2 (UCP2) in pancre-
atic β cells [35] and regulation of fatty acid metabolism by
uncoupling protein 3 (UCP3), which is specific to skeletal
muscle, BAT, and heart, although UCP2 and UCP3 functions
are not clearly established [33]. Moreover, multiple ATP-
dependent dissipative pathways exist in yeast mitochondria
that include both selective [36, 37] and unselective channels
[38]. In plants, besides UCPs [39], a further energy dissipa-
tion system has been described, called alternative oxidase
(AOX), which couples ubiquinol oxidation with direct reduc-
tion of oxygen to water [40].

Mitochondrial uncoupling can also be induced by chem-
ical uncouplers, i.e., small molecules that lessen the proton
motive force across the IMM. These molecules belong to
one of two general classes: protonophore uncouplers and
nonprotonophores. Protonophore uncouplers, such as car-
bonyl cyanide p-trifluoromethoxyphenylhydrazone (FCCP),
are lipophilic weak acids able to traverse the membrane as
an uncharged form, inducing complete uncoupling at very
low concentration, i.e., in the nM range, and causing sudden
increases of the respiratory rates that are oligomycin-
insensitive [41]. Nonprotonophores can instead activate
latent proton leaks to variable degrees through specific pro-
tein complexes that lead to mitochondrial dysfunction. Mito-
chondrial uncoupling can be measured directly as a decrease
in the electrochemical gradient or indirectly, as a decrease in
the phosphorylation efficiency, i.e., ADP/O stoichiometry,
or/and as a decrease of the respiratory control ratio (RCR),
i.e., the ratio between oxygen consumption during (state 3)
and after (state 4) ADP phosphorylation.

Mitochondrial uncoupling is not completely harmful.
Indeed, there is a close inverse relationship between increas-
ing the proton leak and ROS generation in isolated mito-
chondria [42]. It is long known that addition to isolated
mitochondria of uncouplers, as well as ADP, increases the
oxygen consumption and lowers the mitochondrial electro-
chemical gradient, decreasing ROS production [43]. Con-
versely, inhibition of the ATP synthase capacity leads to
accumulation of the electrons in the upstream complexes of
the respiratory chain, promoting oxidative stress and mito-
chondrial dysfunction [3], as recently observed in diabetic
cardiomyopathy in mice [44]. These observations support a
role for endogenous mitochondrial uncoupling in protection
against ROS production [2, 33]. Consistently, therapeutic
mitochondrial uncoupling is reported to be protective in a
variety of disorders, including obesity [45, 46], diabetes
[47, 48], ischemia/reperfusion injury [33, 49], Parkinson’s
disease [50], and aging [51], although the responsible factor(s)
remain to be fully understood. Mild uncoupling can be
obtained in different ways, i.e., by UCP activation, such as

CS

Fo

PS

Figure 1: Structure of the mitochondrial F-ATP synthase. Subunits
are shown in colors as follows. F1 is shown with the alternating α
(green) and β subunits (red). On the left, the peripheral stalk (PS)
includes the OSCP (yellow), b (dark blue), F6 (orange), and d
(pink) subunits. The central stalk (CS) connecting the α3β3
subcomplex to the c-ring composed of 8 identical subunit c
(purple) includes the γ (cyan), δ (blue), and ε (ice blue) subunits.
The FO membrane sector includes the subunits a (dark red, mostly
covered in the picture by other subunits), f (white), A6L (emerald,
mostly covered by other subunits), g (light orange), and e (silver).
In the membrane region, which is delineated by dotted lines, the
subunits e and g, with the N-terminal part of subunit b, create a
subdomain that bends the inner mitochondrial membrane.
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in obese diabetic mice, where UCP2 overexpression restored
the impaired endothelium-dependent relaxation [48], or by
the use of chemical uncouplers, such as niclosamide ethanol-
amine, which improved diabetic symptoms in mice [47], or
the novel mitochondrial uncoupler BAM15, which has no
off-target activity on other cellular membranes [52, 53]. Nev-
ertheless, caution is always required when targeting mito-
chondrial uncoupling via lipophilic weak acids, even when
they are selective, since, differently from the UCPs, their
activity lacks autoregulation, i.e., is not desensitized by reduc-
tion of the membrane potential [7].

4. F-ATP Synthase Uncoupling

The term F-ATP synthase uncoupling refers to any condition
that inhibits the coupling between the F1 catalytic activities
and the proton translocation by FO. Conditions that activate
the formation of a proton back-leak through FO indepen-
dently from the synthesis of ATP lead to dissipation of the
proton gradient, thus transforming F-ATP synthase into an
energy-dissipating enzyme. Indeed, the enzyme appears to
have an intrinsic robustness, as recently demonstrated by
the formation of stable incomplete subcomplexes after dis-
ruption of individual human genes for subunits in the FO
membrane portion [24]. However, the dissipative pathways
and their modulation are still to be defined in the majority
of cases. For example, mammalian mitochondrial oxidation
of mono- and dithiols located in FO induces a complete
uncoupling of ATP synthase, which is not reverted by oligo-
mycin [54]. The authors proposed that the lesion was on the
cytosolic side of the oligomycin block point of the proton
channel, a location that would suggest the involvement of

the unique conserved cysteine residue of the subunit c. More-
over, the formation of a disulphide bridge between two vici-
nal subunits b of two adjacent F-ATP synthase monomers
induces a severe oligomycin-insensitive uncoupling, of which
the molecular mechanism has not been fully elucidated [55].
Another latent oligomycin-insensitive proton-translocating
pathway in FO would comprise the subunits e, f, g, and
A6L, of which conductance was markedly increased upon
displacement of the matrix protein factor B from FO. This
effect is due to oxidation of vicinal thiols of factor B and is
parallel to mitochondrial uncoupling [56, 57]. More recently,
the matrix protein Bcl-XL has been identified in neurons as
able to revert ATP synthase uncoupling by binding to the β
subunit, although the underlying mechanism remains to be
established [58, 59]. Interestingly, the leucine-rich pentatri-
copeptide repeat containing protein (Lrpprc), a key posttran-
scriptional regulator of mtDNA expression defective in the
French Canadian type of Leigh syndrome, has also resulted
to be crucial for F-ATP synthase coupling by modulating
the proper assembly of the subunits OSCP and A6L. In the
Lrpprc conditional knockout mouse heart, decrease in ATP
production is due to the appearance of uncoupled subas-
sembled F-ATP synthase complexes, causing hyperpolariza-
tion and increase of mitochondrial ROS production, in
spite of an unaltered ADP/O ratio, thus showing the conse-
quences of F-ATP synthase assembly defects on mitochon-
drial bioenergetics [60].

F-ATP synthase uncoupling is also stimulated by a num-
ber of cationic dyes, namely, coriphosphine, Nile blue, pyro-
nin Y, and acridine orange, which increase both state 4
respiration and ATPase activity, but the binding sites remain
to be established [61]. Another molecule able to stimulate a
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proton back-leak through the eukaryotic FO is 17β-estradiol
that, at micromolar concentrations, induces an “intrinsically
slipping state” of F-ATP synthase, while the enzyme is
actually catalysing ATP synthesis, therefore resulting in a
depressed RCR and ADP/O ratio [62]. Such partially
uncoupled state is promoted by ATP and reversed by oligo-
mycin, but not by resveratrol, supporting the fact that the
FO moiety is a site of action of 17β-estradiol. Possibly, a con-
formational change is transmitted to FO through the OSCP
subunit, which contains a binding site for 17β-estradiol able
to mediate the inhibition of ATPase activity both at nanomo-
lar and micromolar concentrations [63, 64]. The ability of
ATP to cause enzyme uncoupling seems conserved, since a
transition from a tightly coupled to a loosely coupled state
triggered by ATP binding is also described for bacterial
ATP synthase, although the underlying mechanism remains
to be elucidated [65, 66]. A complete uncoupling is instead
induced by addition of Ca2+, which, differently from Mg2+,
only sustains ATP hydrolysis by F1 that is not coupled to gen-
eration of a proton gradient in both prokaryotes [67] and
eukaryotes [68–70], in spite of Ca2+ ability to sustain the
F1 rotational catalysis [71]. These data strongly suggest that
the catalytic site has a different conformation state when
occupied by Ca2+ that, when compared with Mg2+, is unable
to couple the chemical catalysis to the generation of a pro-
ton gradient.

Based on these observations, it has been suggested that
Ca2+ binding, possibly by replacing Mg2+ at the catalytic site
[72], together with ROS could cause a drastic conformational
change to the ATP synthase dimer. This would give rise to
the formation of a high conductance channel, named perme-
ability transition pore (PTP), thus representing an extreme
form of enzyme uncoupling. The PTP is a nonselective chan-
nel modulated by Ca2+ and ROS and is located in the IMM,
and its opening implies the dissipation of the proton gradient
with cessation of ATP synthesis and maximization of ATP
hydrolysis. The PTP displays a range of conductance states,
which have been originally characterized by electrophysiol-
ogy in mammals [73]. Persistent PTP opening causes
equilibration of low-molecular-weight (<1500Da) molecules
across the IMM, which disrupts any metabolic gradient,
followed by an osmotic stress leading to matrix swelling
and, eventually, to OMM rupture and release of proapoptotic
factors like cytochrome c, endonuclease G, and AIF. Indeed,
the PTP is causally involved in cell death in several diseases,
and the most documented cases include heart ischemia, mus-
cular dystrophies, and neurodegenerative diseases [74].

The involvement of F-ATP synthase in PTP formation
has been supported by (i) genetic manipulation of selected
enzyme subunits whose ablation affected the PTP function
[75, 76]; (ii) electrophysiological measurements, which
showed that the PTP generated by F-ATP synthase is charac-
terized by a variety of conductances similar to those of the
native pore [77, 78]; and (iii) mutagenesis of specific residues
of F-ATP synthase within F1 [72] or FO [79–81]. In particu-
lar, OSCP, located on top of F-ATP synthase, appears ideally
suited to transmit Ca2+-dependent conformational changes
from F1 to the rigid peripheral stalk causing pore formation
within the F-ATP synthase membrane portion, probably at

the interface between the two monomers forming an F-
ATP synthase dimer. Indeed, this model is strongly sup-
ported by the observations that OSCP (i) is the binding site
of cyclophilin (CyP) D, the best characterized PTP inducer,
which sensitizes the PTP to the effects of matrix Ca2+

and is released by cyclosporin A resulting in PTP inhibi-
tion [77, 82]; (ii) is the binding site of the immunomodula-
tory drug benzodiazepine (Bz) 423 [83], which like CyPD
acts as a PTP inducer [77]; (iii) contains a highly conserved
histidyl residue (H112 in the human mature protein) respon-
sible for the inhibitory effect of acidic matrix pH on the PTP
[81]; (iv) undergoes, in contrast to major subunits of the
ATP synthase complex, a selective decrease of its expression
level, which is concomitant with CyPD upregulation and
PTP activation in brain mitochondria from aging mice [84];
and (v) interacts with the β amyloid protein in cultured
neurons, leading to PTP sensitization, and in the brain of
individuals with Alzheimer’s disease, potentially mediating
mitochondrial impairment [85]. Nevertheless, the Ca2+- and
ROS-dependent long-range conformational changes that could
be responsible for the PTP formation in the FO sector remain
to be defined. Moreover, other models of PTP have been
advanced that hypothesize the PTP resides in the c-ring of
ATP synthase [76, 79] or, alternatively, in some other mito-
chondrial components not involving ATP synthase [86] so
that its molecular nature is still a matter of debate [25].

5. F-ATP Synthase as a Target for
Drug Development

Until now, malfunction of F-ATP synthase has been associ-
ated with a variety of pathological conditions, such as cardio-
vascular [87] and neurodegenerative diseases [88], obesity
and type 2 diabetes [89, 90], and cancer [91]. Despite such
important evidence, F-ATP synthase has only recently been
used as an effective drug target for disease conditions and
for the regulation of energy metabolism [92], despite the fact
that more than 300 natural and synthetic molecules are
known to bind and inhibit this complex [93]. Moreover, the
recent finding that F-ATP synthase is involved in PTP for-
mation may make this complex a viable target for future
therapy in a variety of diseases [25]. Selective interaction of
F-ATP synthase with some drugs has been identified. For
example, the enzyme is recognized as a molecular target of
the cytotoxic agent apoptolidin, which induces apoptosis in
human cancer cell lines by binding to the FO subunit a and
inhibiting the enzyme activity [94]. Another example is pro-
vided by the immunomodulatory drug Bz 423, which acti-
vates the mitochondrial pathway of apoptosis selectively in
pathogenic lymphocytes [83]. More recently, the α subunit
of the F1 sector has been recognized as a target for the drug
candidate J147, which shows therapeutic efficacy in several
mouse models of Alzheimer’s disease. By targeting ATP
synthase, J147 causes an increase in intracellular Ca2+ leading
to activation of the AMPK/mTOR pathway, a canonical lon-
gevity mechanism [95]. Moreover, the enzyme is a very
promising molecular target for the development of new anti-
microbial agents that selectively inhibit the bacterial F-ATP
synthases, such as bedaquiline that represents the first
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compound of a new class of potent antituberculosis drugs
[96]. Attention has recently focused on dietary phytochemi-
cals with antimicrobial properties, a variety of which inhibits
the bacterial F-ATP synthase to a variable degree depending
on the type and positioning of the functional groups. Both F1
and FO subunits have been identified as contributing to the
binding sites for such inhibitors [92]. Because dietary phyto-
chemicals also inhibit the mitochondrial F-ATP synthase
[97], attempts are being made to modify the functional
groups of these compounds, making them more potent and
selective inhibitors of the bacterial ATP synthases [92]. On
the other hand, many of these phytochemicals exhibit diverse
activities, such as antioxidant, anticancerogenic, and anti-
obesity actions [97]. An example is resveratrol, a well-
characterized inhibitor of the mitochondrial F-ATP synthase
whose binding site is located between the C-terminal part of
the γ subunit and the βTP subunit [98]. Resveratrol also
increases the basal energy expenditure and thermogenesis,
along with alteration of numerous signalling pathways that
converge on the mitochondria [99].

Recently, there has been an increased interest in the use
of essential oils (EOs) as preventive and therapeutic agents
for treatment of various diseases, including obesity [100].
EOs are secondary metabolites of plants representing a mix-
ture of a variety of volatile molecules such as terpenoids and
phenol-derived aromatic and aliphatic components. EOs also
possess antimicrobial, anti-inflammatory, anticancer, and
antioxidant properties, but the molecular targets are still to
be defined in the majority of cases [101]. The EO component
D-limonene, which is recognized as a potential chemothera-
peutic agent [102], induces apoptosis via the mitochondrial
pathway in several human cell lines [103] and has also anti-
obesity activity, mainly by induction of the brown fat-like
phenotype in white adipocytes [104]. Interestingly, the
EO component p-cymene directly induces a mild uncou-
pling of F-ATP synthase, leading to an ATP-stimulated,
oligomycin-sensitive proton leak through the FO moiety
that decreases the electrochemical gradient and the respira-
tory control ratio but not the ADP/O ratio [105]. Such prop-
erties might suggest its use as a pharmacological agent to
decrease the metabolic efficiency. However, caution is
required, because affecting all mitochondria throughout the
body may be a high-risk treatment, as energy homeostasis
may be compromised in tissues such as the heart and brain.

6. Conclusions

The existence of several conditions that inhibit or abolish the
coupling between F1 and FO clearly indicates that the energy-
conserving enzyme can transform into an energy-dissipating
structure within the IMM. Available structures of the fully
coupled F-ATP synthase do not display obvious features
that can accommodate these dissipative pathways. Indeed,
the molecular definition of the pathways responsible for F-
ATP synthase uncoupling and of its potential regulators still
represents a research challenge in bioenergetics. Due to the
central role of F-ATP synthase in cellular metabolism, this
definition is crucial and potentially useful for therapy in a
variety of diseases.
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The mitochondrion is an essential organelle important for the generation of ATP for cellular function. This is especially critical for
cells with high energy demands, such as neurons for signal transmission and cardiomyocytes for the continuous mechanical work
of the heart. However, deleterious reactive oxygen species are generated as a result of mitochondrial electron transport, requiring a
rigorous activation of antioxidative defense in order to maintain homeostatic mitochondrial function. Indeed, recent studies have
demonstrated that the dysregulation of antioxidant response leads to mitochondrial dysfunction in human degenerative diseases
affecting the nervous system and the heart. In this review, we outline and discuss the mitochondrial and oxidative stress factors
causing degenerative diseases, such as Alzheimer’s disease, Parkinson’s disease, amyotrophic lateral sclerosis, Huntington’s
disease, and Friedreich’s ataxia. In particular, the pathological involvement of mitochondrial dysfunction in relation to oxidative
stress, energy metabolism, mitochondrial dynamics, and cell death will be explored. Understanding the pathology and the
development of these diseases has highlighted novel regulators in the homeostatic maintenance of mitochondria. Importantly,
this offers potential therapeutic targets in the development of future treatments for these degenerative diseases.

1. Mitochondria and Oxidative Stress

Mitochondria are the major energy-producing organelle of
the cell via the process of oxidative phosphorylation
(OXPHOS). In addition to this important role, mitochondria
are also involved in a myriad of biological functions, from the
generation of vital cellular metabolites such as iron-sulfur
clusters (ISCs) and heme [1] to the regulation of cell death
[2, 3]. However, as a consequence of active oxidative metab-
olism, in particular complex I and III of the electron trans-
port chain, mitochondria are also a major source of reactive
oxygen species (ROS) in cells [3, 4], with superoxide anions,
hydroxyl radicals, and hydrogen peroxide being the predom-
inant forms of ROS [5]. Apart from its well-known role in
cytotoxicity, the generation of ROS has important signaling

functions, with their levels being regulated by a suite of cellu-
lar antioxidants [2].

When the rate of ROS production exceeds cellular anti-
oxidant capacity, the ensuing oxidative stress damages vital
components of the cell, resulting in oxidation of membranes,
proteins, and nucleic acids. Within the mitochondrion, ROS
can potentiate profound damage to mitochondrial energy
production by causing mitochondrial DNA (mtDNA) dam-
age and subsequent defects in mtDNA-encoded subunits of
the respiratory complex I and III [6]. Furthermore, ROS
can readily interact with ISCs within subunits of complex I,
II, and III to disrupt their function [6]. The exquisite depen-
dence of neurons and cardiomyocytes on mitochondria for
ATP production also means these cells are particularly
susceptible to mitochondrial ROS [4, 7]. As such, the
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accumulation of oxidative damage within cells leads to death
and is a driver of aging as well as neurodegenerative and
cardiodegenerative diseases [3, 8].

2. Mitochondrial DNA

The mtDNA encodes 22 transfer RNAs, two ribosomal
RNAs, and 13 essential proteins of oxidative phosphoryla-
tion, the quintessential machinery responsible for ATP
production [9]. Due to limited mtDNA repair enzymes,
absence of protective histonemolecules, and the susceptibility
of mtDNA to oxidative damage, mtDNA is prone to muta-
tions, which drives further mitochondrial dysfunction and
potentiates a vicious cycle of mtDNA damage [4, 7, 10].
Mutations in mtDNA also accumulate with aging [11] or
are inherited in a number of human mitochondrial diseases
[12]. The importance of maintaining mtDNA integrity in
age-related diseases is demonstrated by mice that carry a
mutation in the mtDNA polymerase-γ (Polg), which disables
the mtDNA proofreading activity of the enzyme [10]. As a
result, Polg mutant mice accumulate mtDNA mutations
during mtDNA replication [10] and carry an average of
9 point mutations per 10 kb in cytochrome b, versus 1
mutation per 10 kb in control mice [10]. The mutant mice
develop pathologies associated with aging, including weight
loss, osteoporosis, kyphosis, alopecia, cardiomyopathy, ane-
mia, and sarcopenia [10].

3. Mitochondria and Antioxidant Defense

As the mitochondrion is an active site of cellular redox
homeostasis and a major source of ROS, it is not surprising
that the homeostasis of this organelle can be regulated by
the master regulator of cellular antioxidant defense, nuclear
factor erythroid-derived 2-related factor 2 [13, 14]. The
nuclear factor erythroid-derived 2-related factor 2 is com-
monly known as NRF2 [13, 14]. However, in order to distin-
guish it from Nuclear Respiratory Factor 2 that is involved in
regulating mitochondrial biogenesis and bioenergetics, it will
be referred to by its gene name, NFE2L2. Significantly,
NFE2L2 is a well-known transcription factor and a master
regulator of a variety of antioxidant and detoxifying enzymes
[15]. NFE2L2 heterodimerizes with small musculoaponeu-
rotic fibrosarcoma (sMAF) proteins to enable specific bind-
ing to its target DNA sequence known as the antioxidant
response element (ARE) [15, 16]. The binding of NFE2L2
to ARE leads to the transcriptional activation of ARE-
containing genes; these include major phase II detoxifying
enzymes and enzymes in the glutathione, thioredoxin, and
peroxiredoxin antioxidant systems (reviewed in [17]).

The expression of NFE2L2 is tightly regulated via the
proteasomal system [17]. The best known mechanism of
NFE2L2 regulation is mediated through the Kelch-like
ECH-associated protein 1 (KEAP1) which is the substrate
adapter protein for the Cul3-RBX1 E3 ubiquitin ligase com-
plex, which responds to electrophilic and/or oxidative signals
[17]. In addition, there is a KEAP1-independent mechanism
of NFE2L2 regulation involving glycogen synthase kinase-3β
(GSK3β) that likely responds to receptor-mediated signal

transduction [17]. This mechanism involves phosphory-
lation of nuclear NFE2L2 by GSK3β, leading to the
recruitment of another E3-ubiquitin ligase adapter, β-TrCP
[18, 19], or via the Src kinase, the Fyn-mediated nuclear
NFE2L2 export process [20, 21].

An additional mechanism of NFE2L2 activation involves
p62-dependent autophagic degradation of KEAP1 [22–25].
This process could involve the competitive binding of
p62, which is reportedly induced by NFE2L2 activity
[23], to the NFE2L2-binding site on KEAP1, thereby pre-
venting KEAP1-mediated NFE2L2 degradation [23–25].
Therefore, increased phosphorylated p62-mediated autoph-
agy increases NFE2L2 activity, which in turn increases p62
activity [23, 26].

In addition, NFE2L2 has been shown to directly affect
mitochondrial homeostasis via its regulation of nuclear
respiratory factor 1 (NRF1) through the 4 AREs in the
NRF1 promoter and thereby promote mitochondrial biogen-
esis [14]. Other studies have also demonstrated that NFE2L2
is also able to indirectly activate another major driver of
mitochondrial biogenesis, the peroxisome proliferator-
activated receptor γ coactivator-1α (PGC1α) via heme
oxygenase-1 (HO-1)/carbon monoxide signaling [13, 27].
As such, NFE2L2 is essential for mitochondrial function,
with regulation of NFE2L2 expression strongly and positively
modulating mitochondrial membrane potential, ATP pro-
duction, and efficiency of oxidative phosphorylation [15, 28].

Recently, NFE2L2 has also been identified to be associ-
ated with mitochondria through a complex of KEAP1 and
the mitochondrial outer membrane serine/threonine protein
phosphatase, PGAM5 [29, 30]. This NFE2L2-KEAP1-
PGAM5 complex has been reported to play a role in mito-
chondrial retrograde trafficking. A decrease in NFE2L2 or
PGAM5 expression results in decreased mitochondrial
motility, which is particularly important for the transport
of mitochondria along the neuronal axon [29]. Furthermore,
PGAM5 is also a binding protein of the antiapoptotic pro-
tein, BCL-XL [31]. A decrease in PGAM5 may lead to
KEAP1-mediated BCL-XL degradation, which thereby pro-
motes apoptosis [32]. In particular, considering the reduction
of NFE2L2 or PGAM5 in aging and human degenerative dis-
ease states [32–35], this NFE2L2-KEAP1-PGAM5 ternary
interaction may be an important mechanism in the develop-
ment of human diseases.

4. Mitochondrial Homeostasis and Dynamics

The maintenance of mitochondrial homeostasis is critical for
proper functioning of the cell. Hence, mitochondria have a
network of dynamic processes that tightly regulate its homeo-
stasis and life cycle, namely, mitochondrial fusion and fission,
mitophagy, and mitochondrial biogenesis (Figure 1) [36–38].
Mitochondrial fusion and fission mediate mitochondrial
quality control through regulation of its turnover via mito-
chondrial biogenesis and elimination [37, 39].

4.1. Mitochondrial Fusion.Mitochondrial fusion is a dynamic
process in which two or more mitochondria fuse together in
an attempt to reduce mitochondrial stress that could be
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induced by senescent or damaged proteins and ROS
(Figure 1) [39, 40]. This process enables damaged mitochon-
dria to repair their function and prevent the accumulation of
mtDNA mutations [39]. Mitochondrial fusion requires a
spatially coordinated fusion of the outer and inner mitochon-
drial membranes that are different in electrophysiological
properties, structure, and composition [40]. Notably in
mammals, fusion of the outer and inner mitochondrial mem-
branes is facilitated by members of the membrane-anchored
dynamin family, mitofusin (MFN) 1 and 2, and the single
dynamin family member, OPA1, respectively [36, 41, 42].

4.2. Mitochondrial Fission. When mitochondrial fusion is
unable to restore mitochondrial homeostasis in disease con-
ditions, the dynamic nature of the mitochondrial network

shifts towards mitochondrial fission which leads to the
removal of damaged mitochondria (Figure 1) [39]. Mito-
chondrial fission compartmentalizes damaged mitochondrial
components into daughter organelles that are to be removed
and targeted for elimination [39]. In mammals, mitochon-
drial fission involves the cytoplasmic protein, dynamin-
related protein 1 (DRP1), which forms a ring structure to
encircle and constrict at a site on the outer mitochondrial
membrane upon its interaction with fission protein 1 (FIS1)
[39, 43]. As a result, mitochondrial fission generates smaller
and spherical mitochondria, as opposed to the tubular mor-
phologies observed from mitochondrial fusion [39].

4.3. Mitophagy. In response to mitochondrial stress, mito-
chondrial fusion and fission also play an important role in

(i) MFN1/2
(ii) OPA1

(i) PGC1�훼
(ii) NRF1

(iii) TFAM

Diluted damaged
mitochondrial
components

(i) DRP1
(ii) FIS1

(i) Membrane permeabilization
(ii) Cytochrome c release

(iii) AIF release

(i) ↓ ATP
(ii) ↓ Δ�휓

(iii) ↑ ROS

Autophagosome

(i) PINK1
(ii) Parkin

Figure 1: Mitochondrial homeostasis is dynamically maintained by the processes of mitochondrial biogenesis, mitochondrial fusion/fission,
mitophagy, and apoptosis. The upregulation of peroxisome proliferator-activated receptor γ coactivator-1α (PGC1α), nuclear respiratory
factor 1 (NRF1), and mitochondrial transcription factor A (TFAM) promotes mitochondrial biogenesis. In mammals, mitochondrial
fusion is facilitated by mitofusin (MFN) 1 and 2 and OPA1 for the fusion of the outer and inner mitochondrial membranes, respectively.
Mitochondrial fission involves dynamin-related protein 1 (DRP1) that interacts with fission protein 1 (FIS1), which compartmentalizes
damaged mitochondrial components into daughter mitochondria for elimination via mitophagy. Decreased ATP levels and membrane
potential (Δψ) and increased ROS generation are features of damaged mitochondria. These dysfunctional mitochondria are detected by
phosphatase and tensin homologue deleted on chromosome 10- (PTEN-) induced putative kinase 1 (PINK1) and recruits Parkin, which
initiates mitophagy and the subsequent formation of the autophagosome to degrade targeted mitochondria. Damaged mitochondria can
also induce apoptosis through the permeabilization of the mitochondrial membrane, leading to the release of cytochrome c that can
activate caspase-mediated apoptosis, as well as the release of proapoptotic proteins such as apoptosis-inducing factor (AIF).
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the elimination of irreversibly damaged mitochondria
through an autophagic process known as mitophagy [39, 44].
The mechanism of mitophagy has been attributed to a num-
ber of key molecules, particularly phosphatase and tensin
homologue deleted on chromosome 10- (PTEN-) induced
putative kinase 1 (PINK1) and Parkin which were identified
in models of Parkinson’s disease (PD) [45–47]. PINK1 is a
serine/threonine kinase that specifically targets mitochon-
dria while Parkin is an E3 ubiquitin ligase, with mutations
in either genes resulting in the early-onset autosomal reces-
sive form of PD [46, 48]. The initiation of mitophagy
involves the targeting of damaged mitochondria by PINK1
that recruits and activates Parkin via its phosphorylation at
Ser65 on the N-terminal ubiquitin-like domain (Figure 2)
[49, 50]. PINK1 also phosphorylates ubiquitin at Ser65 lead-
ing to structurally distinctive properties, which allows for
interactions with ubiquitin-binding proteins specific for
mitophagy [49–51]. The phosphorylation of Parkin and
ubiquitin by PINK1 leads to the recruitment and subsequent
formation of ubiquitin chains on outer mitochondrial mem-
brane proteins, such as MFN1 and/or MFN2 (Figure 2) [49].
The ubiquitination of MFN results in the inhibition of mito-
chondrial fusion and the recruitment of autophagy receptors
to promote mitophagy (Figure 2) [45, 49, 52]. Therefore, the
interaction between PINK1 and Parkin is critical for the
initiation and regulation of mitophagy.

However, PINK1-independent mechanisms may exist as
demonstrated by a recent study where PINK1 deficiency does
not inhibit basal mitophagy in multiple high energy–
demanding tissues, including neural tissue and the heart

[53]. Over the past decade, a number of mitochondrial-
localized mitophagic markers that interact with the autopha-
gosomal protein, microtubule-associated protein 1A/1B-light
chain 3 (LC3), have also been identified [49, 54–56]. These
include FUNDC1, BNIP3, NIX, optineurin, and NDP52,
which also potentiate mitophagy through their LC3-
interacting regions (LIR) in both a PINK1-dependent and
independent manner [49, 54–56]. A recent addition to this
list of mitophagic markers is AMBRA1 [57]. AMBRA1 medi-
ates the mitochondrial localization of the ubiquitin ligase
HUWE1 and potentiates MFN2 ubiquitination and degrada-
tion but also the recruitment of autophagosome via the
AMBRA1 LIR motif [57].

4.4. Mitochondrial Biogenesis. In addition to the removal and
processing of mitochondrial stress, there is a need for the res-
toration of mitochondrial deficits by producing new mito-
chondria through mitochondrial biogenesis. This results in
the replication of mtDNA and the synthesis and assembly
of mitochondrial components. The transcription coactivator,
PGC1α, regulates mitochondrial biogenesis by activating a
group of transcription factors, such as NRF1, and the mito-
chondrial transcription factor A (TFAM) [58]. These two
transcription factors mediate the transcription of nuclear
DNA and mtDNA, respectively [58].

Together, the dynamic processes of mitochondrial fusion
and fission, mitophagy, and biogenesis act to restore normal
mitochondrial function and morphology in the presence
of mitochondrial stress and damage, thus maintaining
mitochondrial homeostasis.

Figure 2: Phosphatase and tensin homologue deleted on chromosome 10- (PTEN-) induced putative kinase 1- (PINK1-) Parkin mediated
initiation of mitophagy and inhibition of mitochondrial fusion. PINK1 recognizes damaged mitochondria that exhibit mitochondrial
dysfunction. As a result, PINK1 accumulates on the outer mitochondrial membrane, which recruits and activates Parkin via its
phosphorylation at Ser65 on the N-terminal ubiquitin-like domain and phosphorylates ubiquitin. Phosphorylated Parkin then recruits and
forms ubiquitin chains on mitofusin (MFN) located on the outer mitochondrial membrane, leading to its proteasomal degradation and
inhibition of mitochondrial fusion. As such, the ubiquitination of MFN promotes mitophagy through the recruitment of autophagy
substrates and receptors such as p62, LC3, and Fundc1 that facilitates the elimination of the targeted mitochondria.
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5. Mitochondria and Apoptosis

Apoptosis is an active mechanism of programmed cell death
in response to stress-inducing or regulatory signals. This
process is tightly regulated to facilitate the growth, develop-
ment, and replication or replacement of cells to maintain a
normal cellular life cycle. Impairment of mitochondrial
function and structure destabilizes the cell and initiates a
signaling cascade for apoptosis [59]. There are a number
of mechanisms by which mitochondria induce and mediate
the process of programmed cell death in mammals. This
often involves the permeabilization of the mitochondrial
membrane with the release of cytochrome c and proapopto-
tic proteins that causes a cascade of apoptotic signaling to
execute apoptosis. Mitochondrial mechanisms for apoptosis
can be caspase-dependent or -independent (for more detail,
see [8, 60–62]).

Cytochrome c is an essential component of the respira-
tory chain that facilitates the transfer of electrons from com-
plex III to complex IV [62]. Mitochondrial dysfunction,
mitochondrial membrane permeabilization, and oxidative
stress can disrupt the electron transport chain and affect
cytochrome c function [8]. In response, mitochondria release
cytochrome c to the cytosol to trigger downstream activation
of caspases and the formation of a caspase-activated
complex, the apoptosome, which leads to apoptosis with
the degradation of cellular components (Figure 3) [60]. The
release of cytochrome c is mediated by protein members of
the B-cell lymphoma 2 (BCL2) family, such as BAK and
BAX, themitochondrial permeability transitionpore (MPTP),
and mitochondrial lipids to execute apoptosis (Figure 3) [8].
Additionally, cytochrome c activates caspase-3 and -9 in the
cytosol via forming the apoptosome complex by binding to
and activating the apoptotic protease factor 1 (Apaf1) [63]. It

(i) Chromatin condensation
(ii) DNA fragmentation

(iii) Potentiation of oxidative
stress in mitochondria

Bak/Bax

MPTP
Cardiolipin

Cytochrome c

AIF

Apaf1
Released by mitochondria

Activation of
procaspase-9

Activation of
procaspase-3

CAD released
from ICAD

Figure 3: Mitochondrial caspase-dependent and caspase-independent mechanisms of apoptosis. Mitochondrial dysfunction leads to the
permeabilization of its membranes, which is the first step towards apoptosis. Membrane permeabilization of the outer mitochondrial
membrane is driven by the mitochondrial permeability transition pore (MPTP), members of the BCL2 protein family (i.e., BAK/BAX),
and mitochondrial lipids such as cardiolipin. More specifically, cardiolipin is associated with BAX recruitment to the outer mitochondrial
membrane that triggers membrane permeabilization. For the caspase-dependent mechanism of apoptosis, mitochondrial cytochrome c is
released to trigger the formation of the apoptosome complex by binding to, and activating, the apoptotic protease activating factor 1
(Apaf1). This in turn, activates caspase-9 and -3, which leads to the release of CAD from its inhibitor, ICAD, resulting in apoptosis
induction. The caspase-independent mechanism of apoptosis involves the mitochondrial release of proapoptotic proteins such as
apoptosis-inducing factor (AIF) into the cytosol, whereby it can either directly interact with DNA or potentiate mitochondrial oxidative
stress through its release to induce apoptosis.
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is well established that the activation of caspase-3, in turn,
liberates the caspase-activated deoxyribonuclease (CAD)
from its inhibitor, ICAD, which results in apoptotic fea-
tures of DNA fragmentation and chromatin condensation
(Figure 3) [8, 64, 65].

Oxidized lipids also play an important role in the induc-
tion of apoptosis [66, 67]. Cardiolipin is the mitochondria-
specific lipid whose oxidation results in mitochondrial
membrane permeability and the recruitment of the proa-
poptotic protein, BAX (Figure 3) [66, 68, 69]. Cytochrome
c is normally associated with cardiolipin in the inner mito-
chondrial membrane [70, 71]. The oxidation of cardiolipin
results in both mitochondrial membrane permeabilization
and cytochrome c dissociation and release [70–72].

Alternatively, following mitochondrial dysfunction,
oxidative stress, or a decrease in ATP levels, a caspase-
independentmechanismofmitochondrial-associatedapopto-
sis may also be induced [60]. This involves permeabilization
of the outer and inner mitochondrial membranes, whereby
the mitochondria releases proapoptotic proteins, such as
apoptosis-inducing factor (AIF), into the cytosol to regulate
apoptosis (Figure 3) [60]. The translocation of AIF from the
mitochondria to the cytosol occurs in a BCL2-controlled
manner in which cytosolic AIF can travel further into the
nucleus where it causes DNA fragmentation and chromatin
condensation (Figure 3) [73, 74]. Furthermore, the mito-
chondrial release of AIF can also increase oxidative stress
due its potential role in maintaining ROS levels generated
by the respiratory chain (Figure 3) [73].

Previous studies on diabetic neuronal injury have also
shown a mitochondrial profile of decreased mitochondrial
membrane potential and BCL2 expression, accompanied by
ROS generation and increased expression of proapoptotic
proteins [75]. Similar mitochondrial alterations that mediate
apoptosis are found in cardiac aging and pulmonary
hypertension (for reviews: [76, 77]). In many of these
diseases, mitochondrial oxidative stress appears to be a key
feature of mitochondrial dysfunction that drives apoptosis
in disease progression.

6. Iron Homeostasis and
Mitochondrial Dysfunction

Iron is the most abundant transition metal in mammalian
cells and is essential for myriad biological processes, includ-
ing oxygen transport, cellular respiration, and DNA synthe-
sis/repair [78]. The mitochondrion is a major site of iron
metabolism, particularly the synthesis of heme (Fe-protopor-
phyrin IX) and ISCs that are essential cofactors required by
the electron transport chain [1]. In terms of the delivery of
iron into the mitochondrion, the only known iron transport
protein that imports iron across the inner mitochondrial
membrane is mitoferrin (MFRN) [79–81].

Two MFRNs exist: MFRN1 is erythroid-specific, while
MFRN2 is ubiquitously expressed with low expression in ery-
throid cells [79]. Other potential mechanisms of iron delivery
to the mitochondria have recently come to light. These
involve glutaredoxin 3 [82, 83], or endocytic mechanisms
(i.e., the “kiss and run” hypothesis) of targeted mitochondrial

iron delivery via direct endosomal-mitochondrial contact
that results in the metal ion bypassing the cytosol [84, 85].
Other mitochondrial proteins may also be involved in mito-
chondrial iron import. An example is the inner mitochon-
drial membrane ATP-binding cassette (ABC) transporter
ABCB10, which physically interacts with MFRN1 to stabilize
MFRN1 and increase mitochondrial iron import into the
erythron [86].

7. Mitochondrial Dysfunction in
Neurodegenerative Diseases

Neurons have a high metabolic load that is demonstrated by
the fact that although the brain only accounts for 2% of
human body mass, it consumes 20% of the body’s resting
ATP production [87]. Studies over the past decade have
demonstrated that neurodegenerative disorders manifest
common pathological events associated with mitochondria.
These include mitochondrial dysfunction [3], oxidative
stress, autophagic dysfunction, and apoptosis [88]. In fact,
defects and mutations within the genome are often patho-
logical causes of many degenerative diseases that alter
mitochondrial function.

7.1. Alzheimer’s Disease (AD). Alzheimer’s disease (AD) is
the most common neurodegenerative disease, with an
estimated 46.8 million AD patients worldwide [89]. AD
is clinically characterized by progressive cognitive decline
associated with senile plaques composed of β-amyloid
(Aβ) peptide and neurofibrillary tangles composed of
hyperphosphorylated tau [90]. In fact, mitochondrial dys-
function is a characteristic of Aβ-induced neurotoxicity
in AD [90]. It has been reported that the amyloid precur-
sor protein (APP) could translocate and accumulate in the
mitochondrial membrane [90], where it may be cleaved by
γ-secretase forming the toxic Aβ peptide [91, 92]. Subse-
quently, the Aβ peptide interacts with a number of mitochon-
drial proteins, which disrupts mitochondrial membrane
potential and promotes apoptosis via cytochrome c release
(Figure 4) [93, 94].

The pathogenesis of AD likely involves oxidative damage
to mtDNA [95]. When AD patient mtDNA is inserted into
mtDNA-deficient cells, the resulting cybrids showed respira-
tory enzyme defects and elevated ROS production and free
radical scavenging enzyme activities that were seen in AD
patient brains [95]. Regulatory regions in mtDNA from AD
brains showed increased mutations relative to controls [96].
These mutations lead to an average 50% reduction in
mtDNA transcription and mtDNA copy number, potentiat-
ing mitochondrial dysfunction (Figure 4) [96]. The ensuing
ROS generation due to mitochondrial dysfunction in AD is
well documented and leads to activation of the NFE2L2 path-
way [97, 98]. Pharmacological targeting of NFE2L2 was
found to elicit neuroprotection in Aβ-induced hippocampal
neuron injury and appeared to involve the activation of the
NFE2L2 downstream target, HO-1 [97, 98]. Additionally,
pharmacological targeting of KEAP1 and GSK3β that regu-
late NFE2L2 activity resulted in neuroprotection in a mouse
model of tauopathy [99].
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It has been reported that Aβ disrupts mitochondrial
fusion, resulting in mitochondrial fragmentation [100, 101].
In AD brains, increased Aβ production and its interaction
with DRP1 are crucial factors causing mitochondrial fission
and neuronal damage (Figure 4) [102]. Conversely, reduced
DRP1 expression or inhibition of DRP1 with a mitochondrial
division inhibitor (mdivi1) restored pathologic Aβ- or
tau-mediated mitochondrial fragmentation, mitochondrial
dysfunction, and synaptic depression in neurons [103].
Furthermore, inhibition of DRP1 decreased β-secretase 1
(BACE1) expression and Aβ deposition in the brain of
AD mice, leading to a concomitant increase in cognitive
function [104, 105].

The loss of synapses in AD brains correlates strongly with
a cognitive decline [106, 107]. A recent study demonstrated
that the loss and dysregulation of synaptic mitochondria
may be an important pathogenic factor in AD progression
[108]. The synapse is a region of high energy demand and
requires constant trafficking of mitochondria to this region

[109]. As tau is involved in stabilizing microtubules required
for anterograde transport of mitochondria (Figure 4) [109],
tau hyperphosphorylation destabilizes microtubules and
impairs mitochondrial anterograde transport [110, 111].
Moreover, oligomeric Aβ has also been shown to impair
mitochondrial motility in hippocampal neurons without
destabilizing microtubules [112–114]. This latter effect may
potentially involve NFE2L2 and KEAP1’s role in mitochon-
drial motility [29], since depletion of NFE2L2 inhibits mito-
chondrial motility [29] and NFE2L2 induction elicits
neuroprotection in AD models [97–99, 115].

In AD, excessive ROS generation caused by Aβ exacer-
bates mitochondrial dysfunction and redox imbalance within
neurons, which leads to neuronal damage [116, 117]. As a
result, mitochondria suffer membrane depolarization, cal-
cium overload, and cytochrome c release, which collectively
induces apoptosis [117, 118]. In a different study examining
AD pathology, overexpression of APP induced mitochon-
drial oxidative stress that triggers mitochondrial membrane

(i) APP can be cleaved by �훾-
secretase in the mitochondrial
membrane to form A�훽

(i) Hyperphosphorylation of tau protein

(i) Increased mutations
(ii) Reduced mtDNA transcription and numbers

(i) Accumulation of redox active iron in senile
plaques and neurofibrillary tangles

(ii) Increased iron uptake and storage
(iii) Decreased iron export
(iv) Increased mitochondrial iron

(i) Mitochondrial release
of cytochrome c

(i) A�훽 interacts with DRP1 promotes fission
(ii) Mitochondrial fragmentation

(i) Loss and dysregulation of synaptic mitochondria

Figure 4: Mitochondrial dysfunction in the pathogenesis of Alzheimer’s disease (AD). Hallmarks of AD include the formation of senile
plaques composed of β-amyloid (Aβ) and neurofibrillary tangles caused by tau hyperphosphorylation. Amyloid precursor protein (APP)
has been reported to translocate and accumulate in mitochondrial membranes and could be cleaved by γ-secretase to form Aβ, leading to
mitochondrial dysfunction. The accumulation of redox active iron in senile plaques and neurofibrillary tangles, as well as the overall
increased iron levels in mitochondria, leads to ROS generation and oxidative stress. The mitochondrial membrane potential (Δψ) is also
disrupted in AD. Mitochondrial DNA (mtDNA) suffers oxidative damage in which there are increased mutations to mtDNA with reduced
transcription and mtDNA number. Mitochondria in AD also have disrupted mitochondrial fusion whereby the interaction between Aβ
and DRP1 promotes mitochondrial fission and subsequent mitochondrial fragmentation. In neurons, there is the loss and dysregulation of
synaptic mitochondria, which leads to the impairment of mitochondrial anterograde transport. Finally, mitochondrial dysfunction in AD
can lead to apoptosis through cytochrome c release.
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permeabilization and cytochrome c release [119]. This
suggests an important apoptotic role of mitochondria in the
pathophysiology of AD.

The accumulation of redox-active iron in senile plaques
and neurofibrillary tangles is another facet of AD pathology
(Figure 4) [120–122]. Studies of AD models demonstrated
increased iron uptake and storage with reduced iron export
[123–125]. Indeed, APP mRNA has an atypical, but func-
tional ferritin-like iron responsive element, and thus, an
increase in intracellular iron level enhances APP mRNA
translation via the iron regulatory element/iron regulatory
protein system [126]. Recent studies demonstrated that the
knockdown of MFRN1 in a C. elegans model of AD reduced
mitochondrial iron content and mitochondrial ROS and
resulted in increased lifespan [127]. This is supported by
studies demonstrating that overexpression of mitochondrial
ferritin (FtMt) attenuates Aβ-induced neuronal apoptosis
[128], while Aβ-induced cognitive decline and neuronal
apoptosis were exacerbated in FtMt KO mice relative to
WT mice [129]. These findings suggest that increased iron
uptake in AD neurons leads to increased mitochondrial iron
loading that may exacerbate the pathogenesis of the disease.

7.2. Parkinson’s Disease (PD). Parkinson’s disease (PD) is the
second most common neurodegenerative disease after AD
and affects 1% of the population above 60 years of age
[130]. PD is clinically characterized by motor dysfunction,
including muscle rigidity, bradykinesia, and resting tremor,
as well as nonmotor symptoms, such as dementia [131].
The major pathological feature of PD is the loss of dopa-
minergic neurons and the accumulation of α-synuclein-
containing Lewy bodies in the substantia nigra [131]. In
the majority of PD cases, the cause is unknown, although
a number of familial PD cases have been identified due to
mutations in genes that are involved in mitochondrial
homeostasis [131]. A prominent feature of PD pathology
is the inhibition of the activity of mitochondrial complexes
I and IV in dopaminergic neurons of the substantia nigra
[132–135]. This could be associated with a dysregulation
of mitochondrial genome maintenance [136] or a number
of PD-associated molecules discussed below.

The α-synuclein protein is critical for the recycling of
vesicles at the presynaptic membrane [137]. In the dopami-
nergic neurons, α-synuclein plays a critical role for the syn-
thesis, regulation, storage, and release of dopamine [138].
Mutations in α-synuclein are associated with highly pene-
trant, autosomal dominant, familial PD [139]. In dopaminer-
gic neurons, overexpression of WT or mutant α-synuclein
reduces dopamine release, potentiates the formation of toxic
α-synuclein oligomers, and results in dopamine-dependent
neurotoxicity [138, 140, 141]. Aggregation of α-synuclein
into Lewy bodies is a prominent pathological feature in PD
and other neurodegenerative disorders that are collectively
known as α-synucleinopathies [142]. The α-synuclein pro-
tein can be imported into mitochondria and associates with
the inner mitochondrial membrane of dopaminergic neurons
[143–145]. Overexpression of α-synuclein exacerbates mito-
chondrial dysfunction, oxidative stress, and neuropathology
caused by complex I inhibition (Figure 5) [146], while

α-synuclein deficiency attenuates these effects [147, 148].
Therefore, it is speculated that the interaction between aggre-
gated α-synuclein with mitochondrial respiratory complex I
leads to the impairment of this complex [144].

In addition, oligomeric α-synuclein, or the A53T mutant
form, has been demonstrated to interact with outer mito-
chondrial membrane proteins, including translocase of the
outer membrane 20 (TOM20) and voltage-dependent
anion-selective channel 1 (VDAC1), to block the import of
mitochondrial proteins/metabolites [149, 150] or inhibit
mitochondria-ER interactions to disrupt Ca2+ signaling
[151, 152]. Moreover, while monomeric α-synuclein has also
been shown to interact with ATP synthase to improve ATP
production [153], the aggregated α-synuclein induces the
opening of mitochondrial permeability transition pore
(PTP), resulting in mitochondrial swelling and cell death
[154]. Furthermore, aggregated or mutant α-synuclein also
impairs the mitochondrial network fission/fusion processes
[155] and subsequent mitophagy (Figure 5) [156], possibly
via regulation of the actin cytoskeleton [157–159]. A recent
study by Grassi and colleagues identified a novel and highly
neurotoxic form of α-synuclein that results from incomplete
autophagic degradation that associates with mitochondria
and induces mitochondrial toxicity and fragmentation [160].

Mutations within PINK1 cause autosomal recessive juve-
nile PD [47]. PINK1 selectively accumulates in dysfunctional
mitochondria [161]. Overexpression of PINK1 in neurons
prevents apoptosis by decreasing cytochrome c release and
the activation of caspases [162]. In models of PD, PINK1
overexpression suppresses α-synuclein-induced toxicity,
potentially via the induction of autophagic α-synuclein
removal [155, 163, 164], whereas PINK1 deficiency exacer-
bates the neurotoxicity of aggregated α-synuclein (Figure 5)
[165, 166]. PINK1 expression is also increased following
α-synuclein overexpression, suggesting a protective role of
PINK1 in PD [164].

Mutation of the DJ1 (PARK7) gene encoding a protein
deglycase is associated with autosomal recessive juvenile
PD [167]. DJ1 is suggested to regulate oxidant defenses
[168, 169] and participate in the formation of mitochon-
drial complex I [170]. DJ1 has also been shown to interact
with monomeric or oligomeric α-synuclein to inhibit olig-
omer formation and prevent toxicity [171, 172]. DJ1 may
also interact with PINK1/Parkin [173, 174], but this was
disputed in a later study [175]. However, the consensus
is that DJ1 mutation or deletion results in dysfunctional
mitophagy that may act in parallel to the PINK1/Parkin
pathway [175–177]. Oxidative stress results in the acidifi-
cation of a critical cysteine residue (C106) of DJ1, leading
to its localization to the mitochondrion where it exerts a
neuroprotective effect [178]. In fact, DJ1 was found to sta-
bilize NFE2L2 by preventing its association with KEAP1
and subsequent NFE2L2 degradation [179]. Therefore,
DJ1 mutations could lead to the dysregulation of NFE2L2
and the antioxidative response in PD (Figure 5).

Activators of NFE2L2 have been found to be neuropro-
tective in PD models caused by 1-methyl-4-phenyl-1,2,3,6-
tetrahydropyridine- (MPTP-) induced complex I inhibition
[180–182]. In a multicenter study, a NFE2L2 haplotype
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associated with high transcriptional activity was found to sig-
nificantly decrease disease risk and delay the onset of idio-
pathic PD [183]. Moreover, while mitochondrial membrane
potential is greatly reduced in dopaminergic neurons from
PINK1-KO mice, treatment with NFE2L2 activators is able
to completely rescue this defect, as well as being protective
against dopamine-induced neuronal death [184]. This find-
ing suggests that NFE2L2 activation may be a viable thera-
peutic avenue in PINK1-associated PD.

Mutations in leucine-rich repeat kinase 2 (LRRK2) are the
most common cause of autosomal dominant familial PD as
well as some cases of sporadic PD [185, 186]. PD patient-
derived cells carrying a LRRK2mutation resulted in compro-
mised OXPHOS activity, mtDNA damage, and reduced
mitochondrial motility with increased mitochondrial frag-
mentation (Figure 5) [187–189]. These pathologic effects
are dependent on LRRK2 kinase activity and can be reversed
by LRRK2 kinase inhibitors [190, 191]. The LRRK2 is a
serine-threonine kinase that has been demonstrated to associ-
ate with the outermitochondrial membrane [192], potentially
through its interaction with a key regulator of mitochondrial
fission, DRP1 [193, 194]. Indeed, PD-associated mutations
in LRRK2 kinase domain increases its catalytic activity

[192, 195] which results in increased DRP1 Ser616 phosphor-
ylation and activation of mitochondrial fission [188, 189].
These results suggest that the pathogenesis of both familial
and sporadic PD associated with LRRK2 mutations may
involve a direct perturbation of mitochondrial fission.

High-temperature requirement protein A2 (HTRA2) is a
serine protease in the mitochondrial intermembrane space
[196]. Disruption to HTRA2 has been associated with
increased risk of sporadic PD [197, 198]. HTRA2 is impor-
tant for mitochondrial quality control and is responsible for
the degradation of denatured proteins within the mitochon-
dria [199]. Following apoptotic stimuli, HTRA2 is released
from the intermembrane space and binds to the inhibitor
of apoptosis proteins (IAP) [196]. Subsequently, HTRA2
induces caspase activity and caspase-independent death
through its protease activity (Figure 5) [196]. Recent studies
have demonstrated that HTRA2 exerts its neuroprotective
effect by targeting DJ1 mutations, thereby linking the two
genetic factors of PD [200].

Previous studies in models of PD have also demonstrated
the involvement of mitochondria in the apoptosis of dopa-
minergic neurons [201, 202]. In PD, studies have shown
that depolarization of mitochondria results in reduced

(i) Localized in the mitochondria
(ii) Causes oxidative stress

(iii) Impairs complex I function
(iv) Disrupts Ca2+ signaling
(v) Disrupts mitochondrial dynamic

processes

(i) Decreases complex I activity
(ii) Leads to oxidative stress

(iii) Generation of ROS
(iv) Exacerbates neurotoxicity

Compromised OXPHOS activity
mtDNA damage
Reduced mitochondrial mobility
Mitochondrial fragmentation

(i)

(i)
(ii)

(iii)
(iv)

(i)Exacertbates oxidative stress
(ii) Dysregulation of NFE2L2 and

antioxidant defense

Dysregulation and impairment of
mitochondria-induced apoptosis

(i) Increased mitochondrial fission (i) Reduced complex I activity
(ii) Causes ROS generation

Figure 5: The different causes of mitochondrial dysfunction in the pathology of familial Parkinson’s diseases (PD). Some familial cases
of PD include mutations in α-synuclein, PINK1-deficiency, and mutations in DJ1 (PARK7), leucine-rich repeat kinase 2 (LRRK2), and
high-temperature requirement protein A2 (HTRA2). Mutations in α-synuclein result in the protein becoming localized in the mitochondria,
causing mitochondrial dysfunction via oxidative stress, impaired Ca2+ signaling, complex I dysfunction, and mitochondrial fragmentation.
PINK1 deficiency and mutations in LRRK2 also lead to impaired respiratory chain activity. Furthermore, LRRK2 mutations can reduce
mitochondrial mobility and cause mtDNA damage. Mutations in DJ1 affect its role to regulate NFE2L2 degradation, resulting in the
potential exacerbation of oxidative stress. Furthermore, HTRA2 mutations lead to the dysregulation and impairment of mitochondria-
induced apoptosis.
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mitochondrial membrane potential and is associated with
the early stages of apoptosis [59].

7.3. Amyotrophic Lateral Sclerosis (ALS).Amyotrophic lateral
sclerosis (ALS) is a lethal neurodegenerative disorder charac-
terized by progressive degeneration of upper and lower
motor neurons [203]. The prevalence of ALS is approxi-
mately 4-6 in 100,000 individuals [204]. Approximately
10% of ALS are familial cases, of which about 20% are due
to autosomal dominant mutations in Cu/Zn-superoxide dis-
mutase (SOD1), which is a major antioxidant enzyme [205].
Indeed, according to the review by Smith et al., there are at
least 11 pathogenic variants of proteins and their respective
ALS-associated genes that have the potential to affect
mitochondrial function, hence demonstrating the signifi-
cance of mitochondrial dysfunction in the pathophysiology
of ALS [204].

An accumulation of swollen and vacuolated mitochon-
dria with abnormal cristae was one of the first pathological
features observed in ALS patient motor neurons [206].

This is recapitulated in animal and cellular models of
ALS, where a proliferation of swollen and fragmented
mitochondria is frequently observed [207–210]. This pro-
cess may involve reduced mitochondrial fusion proteins
(e.g., MFN1/2, OPA1), increased fission proteins (e.g.,
DRP1, FIS1), or impaired mitophagy (decreased PINK1,
PARKIN) [211–214]. The ALS-associated SOD1 mutation
results in an accumulation of misfolded SOD1 in axonal
mitochondria of motor neurons [215] and an impaired anter-
ograde axonal transport of mitochondria [207, 215] that is
mirrored in othermodels of familial ALS (Figure 6) [207, 216].

The interaction of ALS-associated mutant protein with
the mitochondria is a major cause of mitochondrial damage.
In fact, aggregation of mutant SOD1 within mitochondria
causes mitochondrial vacuolation through expansion of the
intermembrane space (Figure 6) [217, 218]. This may be
caused by an interference of the SOD1 aggregates with
VDAC1 that interrupts the exchange of vital substrates
such as ADP across the outer mitochondrial membrane
[219, 220]. In addition, ALS mutant SOD1 has been found

Accumulation of SOD1 mutations 
within mitochondria

Localized in the intermembrane space

(i) Decreased fusion proteins
(ii) Increased fission proteins

(i) Decreased PINK1 and Parkin

(i) Respiratory chain deficiency
(ii) Disrupted OXPHOS complex assembly

(i) Decreased fusion proteins
(ii) Increased fission proteins

(iii) Disrupted mtDNA
transcription

Mitochondrial vacuolation
(i) Expansion of mitochondrial

intermembrane space

(i) Interaction with anti-apoptotic BCL-2
family proteins

(ii) Mitochondrial cytochrome c release

(i) Fragmentation of mitochondrial
network

(ii) Also disrupts respiratory complex
formation

Oixidative stress and ROS generation

Mitochondrial dysfunction

Figure 6: Mutations in superoxide dismutase (SOD1) and coiled-coil-helix-coiled-coil helix domain 10 (CHCHD10) cause mitochondrial
dysfunction in familial cases of amyotrophic lateral sclerosis (ALS). SOD1 mutations cause a number of mitochondrial defects including
mitochondrial fragmentation, impaired mitophagy, and impaired mitochondrial anterograde transport of mitochondria, mitochondrial
vacuolation, and apoptosis. CHCHD10 is localized in the mitochondrial intermembrane space, and mutation of the gene encoding this
protein leads to a defect in the formation of the respiratory complex, mtDNA instability, and fragmentation of the mitochondrial network.
Overall, oxidative stress is a common feature in ALS pathology. This is potentially due to the disruption of the respiratory chain caused by
mitochondrial dysfunction.
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to interact with antiapoptotic BCL2 specifically in the spi-
nal cord (Figure 6) [221, 222]. This causes a proapoptotic
conformational change in BCL2 that exposes its toxic BH3
domain and compromises mitochondrial membrane integ-
rity and results in cytochrome c release [222]. The mutant
SOD1-BCL2 complex prevents the interaction between
BCL2 and VDAC1 and thus reduces the permeability of
the outer mitochondrial membrane [223].

Moreover, a number of mutations in the genes encod-
ing DNA/RNA-binding proteins have recently been associ-
ated with both familial and sporadic ALS [207, 209, 210,
216, 224]. These include TDP43, TARDBP, C9ORF72, and
FUS proteins [207, 209, 210, 216, 224]. The interaction of
these ALS mutant proteins with mtDNA transcripts disrupts
their transcription and impairs the formation of the respi-
ratory complex [210, 224, 225]. On the other hand, a
newly identified mutation in the gene encoding the mito-
chondrial protein, coiled-coil-helix-coiled-coil helix domain
10 (CHCHD10), causes ALS-like symptoms in humans and
is characterized by mtDNA instability, respiratory chain defi-
ciency, and mitochondrial network fragmentation (Figure 6)
[226]. CHCHD10 is localized in the mitochondrial inter-
membrane space, and it is enriched at cristae junctions
within the mitochondrial contact site and cristae organizing
system (MICOS) complex [226, 227]. Mutant CHCHD10
leads to fragmentation of the mitochondrial network, disas-
sembly of the MICOS complex that disrupts the assembly
of OXPHOS complexes, and decreased nucleoid number

and nucleoid disorganization that potentiates mtDNA insta-
bility (Figure 6) [226, 227]. Disruptions to these crucial mito-
chondrial components ultimately impair mitochondrial
function and potentiate the ROS generation reported in
ALS patients (Figure 6) [228].

7.4. Huntington’s Disease (HD). HD is an autosomal domi-
nant progressive neurodegenerative disorder clinically char-
acterized by chorea, dystonia, incoordination, and cognitive
decline [229]. The prevalence of HD is estimated to be
10.6-13.7 individuals per 100,000 people in Western popula-
tions [230]. HD is caused by a CAG trinucleotide repeat
expansion in the huntingtin (HTT) gene, resulting in poly-
glutamine repeats in the HTT protein [229]. The activity
of respiratory complexes II and III is decreased in HD
(Figure 7) [231]. In a mutant HD mouse model, mito-
chondrial respiration and ATP synthesis are significantly
decreased (Figure 7) [232]. In mammals, chronic adminis-
tration of complex II inhibitors replicates many clinical
features of HD [233–235]. Conversely, the protein, rather
thanmRNA,expressionof twoimportantconstituentsofmito-
chondrial complex II, the 30 kDa iron-sulfur (Ip) subunit and
the 70 kDa FAD (Fp) subunit, is preferentially decreased in
the striatum of HD patients [236]. Overexpression of either
complex II subunits restores complex II activity and attenuates
mitochondrialdysfunctionanddeathinmutantHTTneuronal
cells [236].

Mutant HTT interaction with
p62 and BNIP3 can disrupt
autophagic or mitophagic
processes

(i)

HTT mutant interacts with p53(i)
p53 post-transcriptionally
activates Bax

(ii)
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transcription of PGC1�훼
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Figure 7: Mitochondrial dysfunction in the pathology of Huntington’s disease (HD). A CAG trinucleotide repeat expansion in the huntingtin
(HTT) gene causes an array of mitochondrial dysfunctions in HD. Mutations in HTT are associated with a decrease in ATP synthesis and
complex II and II activities. Mutant HTT also promotes mitochondrial apoptosis via its interaction with p53, leading to its enhanced
expression and transcriptional activity that activates proapoptotic BAX. Damage and loss of mtDNA is another feature of HD that is
attributed to the inhibition of PGC1α transcription by mutant HTT. Moreover, mutations in HTT contribute to mitochondrial
fragmentation through the upregulation of mitochondrial fission proteins such as DRP1 and FIS1 and the downregulation of the fusion
proteins, MFN1/2. Lastly, mutant HTT proteins can disrupt autophagy or mitophagy through its interaction with the autophagic adaptor,
p62, and the mitophagic protein, BNIP3, respectively.
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HTT has been found to be associated directly with the
outer mitochondrial membrane [237, 238]. Mitochondria
from HD patient lymphoblasts or from a HD mouse model
have a lower membrane potential and become depolarized
at lower Ca2+ loads than relevant controls [237, 238]. Mutant
HTT may also affect mitochondrial function through its
interaction with transcription factors, such as p53, CREB-
binding protein and specificity protein 1 [239]. Of note,
p53 activates mitochondrial apoptosis through transcrip-
tional induction of p53 upregulated modulator of apoptosis
(PUMA) or the posttranscriptional activation of BAX
(Figure 7) [240, 241]. In neuronal cultures, mutantHTT binds
p53 and enhances nuclear p53 expression and its transcrip-
tional activity [242]. Conversely, p53 inhibition in mutant
HTT fly and mouse models attenuates HTT-mediated
neurodegeneration [242].

The pathogenesis of HD also involves increased mtDNA
lesions and mtDNA depletion [243]. This pathological alter-
ation couldbe attributed todecreasedPGC1αmRNAobserved
in early-stage HD patients [244, 245]. Mutant HTT directly
inhibits transcription of PGC1α by associating with the pro-
moter region and interfering with the activation functions of
the transcription factors CREB and TAF4 (Figure 7) [244].
Moreover, overexpression of PGC1α partially attenuated
mutantHTT-inducedneurotoxicity [244]. Incontrast,PGC1α
KO mice demonstrate impaired mitochondrial function and
possess HD features such as a hyperkinetic movement disor-
der and striatal neuron degeneration [246].

Mutant HTT protein also potentiates mitochondrial
fragmentation [247]. This occurs through the induction and
activation of mitochondrial fission regulators DRP1 and
FIS1, while reducing the expression of fusion proteins, such
as MFN1/2 (Figure 7) [247–252]. A fragmentation of the
mitochondrial network may also be potentiated by the
inhibition of mitophagy [253]. Indeed, overexpression of
PINK1 was neuroprotective in Drosophila and mouse HD
models through increased mitophagy [254]. Wild-type
HTT protein may also directly participate in autophagy/
mitophagy via its interaction with autophagic adaptor, p62
[255], or with the mitophagic protein, BCL2-interacting
protein 3 (BNIP3) (Figure 7) [256]. Therefore, mutant
HTT may directly disrupt autophagic or mitophagic process
via these mechanisms.

Furthermore, oxidative stress and neuroinflammation
are other common pathogenic factors in HD [257]. A num-
ber of ARE-containing genes are found to be induced in
human HD brain [258], suggesting that NFE2L2 activation
may be involved in the pathogenesis. In animal HD models
with mitochondrial complex II inhibition, overexpression of
NFE2L2 exerts a neuroprotective effect [259]. While the
expression of NFE2L2 protein did not alter in a HD model,
the expression of the NFE2L2 modulators, KEAP1 and p62,
were found to be reduced, and thus, this could affect NFE2L2
activity [260]. Moreover, cotransfection of NFE2L2 with
mutant HTT in primary striatal neurons reduced the half-
life of mutant HTT and improved cell viability [261]. In fact,
activation of NFE2L2 is protective against mutant HTT-
induced toxicity [262, 263], highlighting the potential of
NFE2L2 induction for HD patients.

7.5. Friedreich’s Ataxia (FA). Friedreich’s ataxia is the most
prevalent autosomal recessive spinocerebellar disorder that
affects approximately one in 50,000 Caucasians [264]. It is
characterized by progressive neuro- and cardiodegeneration
and mitochondrial iron accumulation [264, 265]. The disor-
der is predominantly caused by a GAA repeat expansion in
the first intron of the FRDA gene that results in a marked
reduction in the expression of the encoded protein, frataxin
[266, 267]. Approximately 2% of the remainder FA cases
are due to point mutations in the FRDA gene [264].

The manifestation of FA symptoms is most prominently
characterized by progressive neurological disability and fatal
dilated cardiomyopathy, as well as a tendency for diabetes
mellitus in approximately 10% of FA patients [268, 269].
The pathogenesis of FA is associated with mitochondrial iron
accumulation that results in ROS-induced toxicity (Figure 8)
[270–272]. As such, iron-chelation therapy has been shown
to be beneficial in reducing both neurologic and cardiologic
FA pathology, presumably by preventing oxidant-mediated
cell death [272–275]. In addition to mitochondrial iron
accumulation and oxidative damage, FA patients also exhibit
a deficit of ISC enzymes, leading to decreased energy metab-
olism as evident by complex I dysfunction, as well as per-
turbed heme synthesis (Figure 8) [270, 276]. This is due to
the dysregulation of cellular and mitochondrial iron metab-
olism upon frataxin deficiency, which disrupts proper utili-
zation of iron and causes mitochondrial dysfunction
(Figure 8) [271, 277].

Recent studies utilizing a conditional frataxin knockout
mice model of FA have demonstrated that frataxin deficiency
leads to pronounced trafficking of iron from the cytosol to
the mitochondrion, leading to a cytosolic iron deficiency
and mitochondrial iron accumulation in the form of nonpro-
tein-bound, biomineral iron aggregates [270, 272, 278]. Due
to the depletion of mitochondrial ferritin in frataxin defi-
ciency [270, 278], these iron aggregates within the redox
active mitochondria result in increased protein oxidation
and depletion of the cellular antioxidant pool [271]. Para-
doxically, despite the apparent oxidative stress, the expres-
sion and activity of NFE2L2 is markedly depressed [271],
due to a mechanism involving increased KEAP1- and
GSK3β-mediated NFE2L2 degradation in the cytosol and
nucleus, respectively (Figure 8) [271]. As such, the marked
decrease in NFE2L2 levels results in the deficient expression
of its downstream target genes for antioxidant defense, hence
exacerbating oxidative stress (Figure 8) [271]. The defective
induction of NFE2L2 despite clear oxidative stress in FA sug-
gests that NFE2L2 may be a potential target for treatment
against FA.

Frataxin deficiency has also been associated with autoph-
agy and apoptosis. Frataxin-silenced neuron-like cells
undergo apoptosis through the upregulation of p53 and
BAX, as well as caspase activation, which suggests the
involvement of mitochondrial dysfunction in the pathogenic
initiation of apoptosis [279]. Notably, increased autophagic
and apoptotic markers in a cardiac mouse model of FA that
exhibit frataxin deficiency implicate their role in the observed
cardiomyopathy [280]. Therefore, mitochondrial dysfunc-
tion is probably responsible for the activation of autophagy,
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and promoting apoptosis, potentially through the intrinsic
pathway involving the mitochondrion (Figure 8). Further-
more, considering the extent of mitochondrial dysfunction
in FA, it is possible that dynamic mitochondrial processes,
such as mitophagy, are also perturbed (Figure 8). Collec-
tively, the resulting accumulation of redox active iron, oxida-
tive stress, defective antioxidant response, dysfunction in
energy metabolism, and activation of autophagy and apopto-
sis due to frataxin deficiency leads to the neurodegeneration,
ataxia, and cardiomyopathy in FA (Figure 8).

7.6. Potential Therapies for Degenerative Disorders Targeting
Mitochondrial Function. There has been a substantial
increase in the interest and generation of potential mito-
chondrial targeted therapeutics over the past 20 years. Several
advancements are considered here as interesting examples
relevant to the current review. For disease-specific analy-
sis of mitochondrial targeted therapeutics, the reader is
encouraged to examine the following comprehensive
reviews [281–283].

Mitochondrial dysfunction and damage induced by ROS
play a critical role in the pathogenesis of many degenerative
diseases [284]. Therefore, NFE2L2 and its signaling pathway
have become a major therapeutic target for the treatment of
diseases such as AD, PD, ALS, HD, and FA, which focuses
on improving mitochondrial bioenergetics and function
through the alleviation of oxidative stress and the activation
of antioxidant defense [34, 115, 285].

In a study using cellular models of AD, the activation of
the NFE2L2 signaling pathway by the potent free radical
scavenger, 3H-1,2-dithiole-3-thione, was able to reduce Aβ
levels and attenuate ROS generation, which partially rescued
mitochondrial membrane potential [115]. In PD models,
NFE2L2 inducers are able to restore mitochondrial mem-
brane potential in PINK1-deficient cells and rescue
dopamine-induced toxicity [184]. Previous studies on FA
have assessed the effectiveness of promoting NFE2L2 levels
in the rescue of oxidative stress-induced mitochondrial
impairments [286]. One particular study has shown that
the NFE2L2-inducer, omaveloxolone, was able to restore

(i) Complex I dysfunction
(ii) Defective ISC components in

respiratory chain(i) Generation of ROS
(ii) Oxidative stress

(i) ISC synthesis
(ii) Heme synthesis

(i) ↓ NFE2L2 levels
(ii) ↓ Antioxidant gene expression

Figure 8: Effect of frataxin deficiency on mitochondrial dysfunction and the pathogenesis of Friedreich’s ataxia (FA). It has been well
established that frataxin deficiency leads to the dysregulation of mitochondrial iron metabolism that affects the iron-sulfur cluster (ISC)
and heme biosynthesis. Notably, there is the abnormal accumulation of redox active iron in the mitochondria that exacerbates ROS
generation, which is further potentiated by the defect in antioxidant defense, as evident by the decrease in NFE2L2 levels and its
downstream antioxidant target genes. Furthermore, studies have shown that frataxin deficiency disrupts energy metabolism due to the
impairment of the mitochondrial respiratory chain. These pathological features collectively attribute to mitochondrial dysfunction in FA,
which can activate autophagy and potentially induce apoptosis and mitophagy. As a result, this leads to the neurodegeneration, ataxia, and
cardiomyopathy observed in FA.
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complex I activity and protect against oxidative stress in
neuronal mouse models of FA, as well as in fibroblasts from
FA patients [286]. The mitochondrial membrane potential
was also maintained upon incubation of cells with the
NFE2L2 inducer, which suggests its potential in improving
mitochondrial function in addition to its effect on oxidative
stress [286]. As a further example of defense against neural
oxidative stress, studies have shown that pretreatment with
NFE2L2-inducing agents, sulforaphane, or carnosic acid,
was able to induce the NFE2L2 pathway and protect corti-
cal mitochondria from the effects of the neurotoxic lipid
peroxidation by-product, 4-hydroxynonenal [287]. More-
over, NFE2L2 has been suggested to also influence mito-
chondrial activity by affecting the availability of substrates
such as NADH and FADH2 for mitochondrial respiration
[34, 184]. Hence, the pharmacological activation of NFE2L2
could potentially rescue OXPHOS activity and mitochon-
drial bioenergetics in disease states.

Alternatively, melatonin is an interesting mitochondria-
targeted antioxidant that has been recently explored for the
treatment of AD and PD [288–290]. Evidences suggest that
the mechanism of neuroprotection of melatonin involved
increasing NFE2L2 expression and activation of the NFE2-
L2/ARE pathway [288–293]. In addition to activating the
NFE2L2 pathway, previous studies in mice subjected to
irradiation-induced neurodegeneration have also shown that
pretreatment of melatonin accumulates in mitochondria and
was able to promote PINK1 mitochondrial accumulation
that alters mitochondrial dynamics and prevents loss of
mitophagic progression [288]. Overall, melatonin pretreat-
ment was able to increase mitochondrial respiratory chain
activity and enhance cognitive performance in these animals
[288]. In fact, there is evidence to suggest that NFE2L2 can
regulate PINK1 expression due to the presence of ARE in
the promoter regions of the PINK1 gene [294, 295]. Hence,
NFE2L2 may have a role in mediating mitophagy, and the
upregulation of NFE2L2 could potentially restore mitochon-
drial homeostasis in PD [288].

Additionally, triterpenoids are antioxidants that activate
the NFE2L2 signaling pathway to inhibit oxidative stress
and were found in a number of studies to have neuroprotec-
tive effects that could improve behavioral phenotype in
mouse models of AD [296]. In relation to mitochondria,
the triterpenoid, asiatic acid, reportedly protects neurons
from cell death by preventing mitochondria-dependent apo-
ptosis in a cellular model of AD [297]. Another study also
demonstrated that asiatic acid blocked the translocation of
α-synuclein into mitochondria, thereby protecting it against
oxidative stress and apoptosis [298]. Asiatic acid also pre-
vented the α-synuclein-induced decrease in mitochondrial
membrane potential in a Drosophila model of PD [298].

Impairment of the NFE2L2 signaling pathway and mito-
chondrial dysfunction is evident in the pathogenesis of
degenerative diseases, yet the development of drugs that
exploit the targeting of mitochondria through the activation
of NFE2L2 is only in its infancy. Recent studies have already
begun to demonstrate the effect of this relationship to rescue
mitochondrial function in neurodegenerative diseases.
Hence, the combined effect of ameliorating oxidative stress

and mitochondrial dysfunction would be a novel approach
in future drug design for the treatment of various neurode-
generative diseases.

Another avenue in the development of new therapeutics
involves the targeted chelation of cytosolic and/or mitochon-
drial iron, as it is known to play a significant role in potenti-
ating oxidative stress and ROS generation for many
degenerative diseases in addition to a defect in mitochondrial
respiration [299–304].

Previous studies on AD have shown that the sequestra-
tion of iron by FtMt have neuroprotective effects in cell
models, which prevented neuronal cell damage induced by
Aβ [128]. Similarly, the regulation of FtMt helps maintain
mitochondrial and neuronal iron homeostasis, in which its
overexpression was shown in a mouse model of PD to inhibit
mitochondrial damage and reduce ROS production, thus
having neuronal protection [305]. These studies indicate
the importance of regulating mitochondrial iron levels, espe-
cially in iron overload conditions. Studies have also examined
the use of metal chelation, such as the metal-binding agent,
PBT2, that has been in clinical trials for the treatment of
AD and HD, which demonstrated the potential for binding
iron, copper, and zinc in the brain and reduce amyloid pla-
que formation with signs of cognitive improvement [306].
The design of chelators with specificity for mitochondrial
iron and other metals could increase the effectiveness of iron
chelation therapy for neurodegenerative diseases. Other
studies have also reported that intracellular oxidative stress
enhances HO-1 activity that leads to the accumulation of
iron in the mitochondria of astrocytes in AD and PD brains
[307]. This deposition of mitochondrial iron in glial cells
increases the risk of neighboring neurons to further oxidative
damage [307, 308]. These findings give rise to the prospect of
iron chelation therapy, especially in the targeting of mito-
chondrial iron, as a new neuroprotective strategy for AD
and PD.

In FA, mitochondrial iron loading is well-characterized
in the heart of a mouse cardiac model of FA, which resulted
in severe defects in mitochondrial function [272, 280, 309,
310]. In fact, Mӧssbauer spectroscopic analysis and transmis-
sion electron microscopy demonstrate that iron appears as a
nonferritin, high spin form of ferric iron that exists without a
protein shell that prevents against ROS-mediated oxidative
damage [278]. As such, this precipitation of mitochondrial
iron potentiates redox stress, which warrants for its targeted
removal. A specialized group of low molecular weight, lipo-
philic ligands of the pyridoxal isonicotinoyl hydrazone
(PIH) class [311] has been examined to target this mitochon-
drial iron loading [312]. In terms of mechanism, PIH could
permeate biological membranes, including the mitochon-
drion, and effectively chelate mitochondrial iron accumula-
tion after mitochondrial heme synthesis was inhibited using
succinylacetone, as demonstrated in reticulocytes [313]. Fur-
ther studies demonstrated that PIH and several of its analogs
[314] effectively removed mitochondrial iron [312] and
inhibited oxidative stress [315]. Moreover, these latter agents
were markedly superior to desferrioxamine (DFO) [314], a
chelator used for treating iron overload disease [316]. Inter-
estingly, in the mouse cardiac model of FA, the combination

14 Oxidative Medicine and Cellular Longevity



of PIH and DFO prevented iron loading in the heart and
reduced cardiac hypertrophy but did not rescue the defective
iron metabolism caused by the loss of frataxin [272]. Consid-
ering that the spinal cord and dorsal root ganglia are highly
vulnerable to frataxin deficiency [317, 318], cellular and
mitochondrial iron dysregulation could contribute to the
pathophysiology of these tissues. As such, it is necessary
to consider the design of iron chelators that targets these
pathogenic regions.

The use of iron chelators in targeting mitochondrial iron
as a therapeutic strategy for degenerative diseases deserves
further investigation. The combination of antioxidants and
iron chelators could potentially be an effect approach to ame-
liorate oxidative stress and boost mitochondrial function,
while also eliminating harmful iron that would otherwise
potentiate redox damage.

8. Conclusions

The mitochondrion emerges as a central hub that orches-
trates cellular antioxidant defense, energy production, and
apoptosis. The regulation of NFE2L2 has been shown to play
an essential role in antioxidant defense, and the role of this
key protein in mitochondrial homeostasis has only been
recently elucidated, linking antioxidant defense to neuronal
mitochondrial trafficking. This includes recent evidence of
the direct interaction of NFE2L2 with this organelle.

The exquisite dependence of high energy–demanding
cells, such as neurons and cardiomyocytes, on mitochondria
for energy production means that mitochondrial dysfunction
can lead to their demise. This is exemplified by the number of
deleterious neurodegenerative diseases, such as AD, PD, ALS,
HD, and FA, where perturbation of mitochondrial function
is an essential component of their pathogenesis. Therefore,
the maintenance of mitochondrial homeostasis is a crucial
factor and a potential therapeutic target to treat these dis-
eases. Our understanding of mitochondrial homeostasis
and metabolism is also broadened by the discovery of novel
mutations causing these neurodegenerative diseases, with
an appropriate example being the identification of the role
of frataxin in Friedreich’s ataxia.

Considering the key role of the mitochondrion in this
array of degenerative diseases, therapeutic strategies target-
ing this organelle has been a focus of the increasing body of
research. The additional linkage of NFE2L2 with mitochon-
dria may lead to the convergence of previously considered
disparate avenues of treatment that could result in exciting
and innovative therapeutic advances.
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Dental resin monomers such as 2-hydroxyethyl methacrylate (HEMA) disturb vital cell functions and induce mitochondrial
intrinsic apoptosis via generation of oxidative stress. Nuclear factor erythroid 2-related factor 2 (Nrf2) regulates the gene
expression of antioxidative enzymes and plays a crucial role in the maintenance of cellular redox equilibrium and mitochondrial
homeostasis. The present study investigated the functional significance of Nrf2 in cellular response toward HEMA. It was found
that HEMA stimulation promoted nuclear translocation of Nrf2 and increased Nrf2 and heme oxygenase-1 (HO-1) expression,
which was further enhanced by Nrf2 activator tert-butylhydroquinone (tBHQ), but suppressed by Nrf2 inhibitor ML385.
Pretreatment of primary human dental pulp cells (hDPCs) with tBHQ protected the cells from HEMA-induced oxidative injury
(increased reactive oxygen species production and apoptosis) and mitochondrial impairment (morphological alterations,
decreased ATP production, suppressed oxidative phosphorylation activity, depolarization of mitochondrial membrane potential,
and disrupted electron transport chain). In contrast, pretreatment with ML385 increased cell sensitivity to these injurious
processes. This protective effect on mitochondria could be related to peroxisome proliferator-activated receptor γ coactivator 1α
(PGC1α)/nuclear respiratory factor 1 (NRF1) pathway. These results contribute to the understanding of the function of Nrf2
and the development of novel therapies to counteract the adverse effects of dental resin monomers.

1. Introduction

Significant concerns exist regarding the biological safety of
resin-based dental materials despite their widespread use and
long-term clinical success in contemporary dentistry. Incom-
plete polymerization and biodegradation of resin components
result in the release of resin monomers such as 2-
hydroxyethyl methacrylate (HEMA) into the oral environ-
ment, potentially causing local and/or systemic adverse effects
[1, 2]. Because of their bioactivity, resin monomers are capable
of diffusing rapidly through the dentinal tubules into dental
pulp tissues [3, 4]. After the use of direct pulp capping proce-
dures or restoration of deep cavities, pulpal responses

including inflammation, dissociation of the odontoblastic cell
layer, and necrotic cell death have been clinically observed [5,
6]. Along the dentin-pulp interface, bacterial and resin biodeg-
radation by-products generate dynamic interactions and
induce complex responses of the pulpal cells such as inhibition
of lipopolysaccharide-stimulated NF-κB activation [7]. The
matrix-mineralizing capability or expression of genes essential
for reparative dentin formation is disturbed in the odontoblasts
[8, 9]. Resin monomers also induce apoptosis [10], autophagy
[11], genotoxicity [12], and developmental toxicity [13]. The
beneficial effect of antioxidants such as N-acetylcysteine
[14–17] suggests that the mechanism behind these specific
cell responses is the generation of oxidative stress [18].
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Mitochondria are highly specialized and dynamic
double-membrane organelles which regulate a host of cellu-
lar functions ranging from energy production and cellular
metabolism to redox regulation and induction of intrinsic
apoptosis [19]. Based on in vitro cell culture experiments
using isolated mitochondria and cultured cells, resin mono-
mers were found to disturb the integrity of mitochondrial
structure and impair the bioenergetic functions of these
organelles [15, 20]. Mitochondrial dysfunction exacerbates
resin monomer-induced oxidative stress with activation of
the mitochondrial apoptotic cascade [10, 15].

As the master regulator of the cellular redox homeostasis,
the transcription factor nuclear factor erythroid 2-related fac-
tor 2 (Nrf2) promotes adaptation and survival under stressful
conditions by regulating the expression of genes encoding pro-
teins with diverse cytoprotective functions [21]. Under normal
physiological conditions, Nrf2 is sequestered in the cytosol
and maintained at a low level through Kelch-like ECH-
associated protein 1- (Keap1-) mediated ubiquitination and
proteasomal degradation. Upon cell exposure to oxidative
stress, modifications of certain cysteine residues in Keap1 via
disturbance of the ubiquitination and degradation of Nrf2
enable Nrf2 to accumulate and translocate to the nucleus.
Within the nucleus, Nrf2 activates the expression of target
genes through binding to an antioxidant-response element in
the promoter region [22]. In addition to protecting against oxi-
dative stress, carcinogenesis, and aging [23], Nrf2 is an impor-
tant player in the maintenance of mitochondrial homeostasis
and structural integrity [24, 25]. Enhanced expression of
Nrf2 and differential expression of Nrf2-mediated antioxida-
tive enzymes are examples of adaptive cellular responses to
oxidative stress induced by resin monomers [15, 26].

In the present study, the authors hypothesized that Nrf2-
mediated antioxidation and mitochondrial homeostasis may
exert a protective function against resin monomer toxicity.
To validate this hypothesis, the Nrf2 activator tBHQ and the
Nrf2 inhibitor ML385 were used, respectively, to modulate
Nrf2 expression. Primary human dental pulp cells (hDPCs)
were examined for their cell viability and apoptosis, metabolic
profiles, andmitochondrial alterations upon HEMA exposure.
The null hypothesis tested was that Nrf2 expression has no
influence on cell sensitivity toward HEMA and mitochondrial
homeostasis.

2. Materials and Methods

2.1. Cell Culture and Treatment. The hDPCs were obtained
from young healthy human subjects (18-25 years old) who
had their noncarious third molars extracted. The procedure
was reviewed and approved by the Ethics Committee of the
7th Medical Center of PLA General Hospital. After removal
of dental pulp tissues from the tooth, the hDPCs were isolated
and expanded as described in the authors’ previous studies
[14, 15, 27]. Briefly, the dental pulp tissues were minced and
digested in a solution containing 3mg/mL type I collagenase
and 4mg/mL dispase (Gibco, Grand Island, NY, USA) at
37°C for 2h. Single-cell suspension was obtained by passing
the cells through a 70mm strainer (BD Falcon, Franklin Lakes,
NJ, USA). The cells were then cultured in alpha-modified

Eagle’s medium (α-MEM; Gibco) supplemented with 10% fetal
bovine serum (FBS; Gibco), 2mM L-glutamine, 100U/mL
penicillin, and 100g/mL streptomycin (Invitrogen, Carlsbad,
CA, USA) at 37°C in a humidified atmosphere of 5% CO2.
The culture medium was changed every 3 days, and passage
2–4 cells were used in all experiments. Based on the authors’
recent investigation [15], oxidative stress in hDPCs was
induced by treatment with 1mM HEMA (Sigma-Aldrich, St.
Louis, MO, USA) for the indicated times. To investigate the
function of Nrf2 in HEMA-exposed cells, the hDPCs were
pretreated with 25μM tert-butylhydroquinone (tBHQ;
Sigma-Aldrich), a Nrf2 activator, for 18h or 5μM ML385
(MedChemExpress, China), a Nrf2 inhibitor for 12h, and sub-
sequently cotreated with HEMA. The incubation concentra-
tions and times of tBHQ or ML385 used in the present work
were selected based on the authors’ preliminary range-finding
experiments and previous studies [26, 28].

2.2. Cell Viability. Cell viability was determined using a Cell
Counting Kit 8 (CCK-8) Assay Kit (Beyotime, Jiangsu,
China) according to the manufacturer’s instructions. Briefly,
hDPCs were seeded into 96-well plates at 5 × 103 cells per
well with a group of blank control wells (without cells) and
a group of untreated control wells (cells exposed only to
culture medium). Each incubation was performed in three
separate cell culture wells. After resin monomer treatment,
10μL of kit reagent was added to 100μL of cell culture
medium and incubated for 4 h at 37°C. Cell viability was
obtained by monitoring the color change on a microplate
reader (Bio-Rad, Hercules, CA, USA) with absorbance read
at 450nm.

2.3. Light Microscopy. Phase-contrast images were acquired
using an Olympus IX70 microscope (Olympus, Tokyo,
Japan). Three independent fields were acquired for each
experimental condition. Representative samples from one
field of view are shown.

2.4. Quantitative Real-Time Polymerase Chain Reaction.
Total RNA was isolated using TRIzol reagent (Invitrogen)
and reversely transcribed to cDNA using PrimeScript RT
Reagent Kit (TaKaRa, Dalian, China). Quantitative real-time
PCR (qRT-PCR) was performed using SYBR Premix Ex Taq
II (Takara) in the Bio-Rad CFX96™ Real-Time System. The
resulting amplification and melt curves were analyzed to
ensure the identity of the specific PCR product. Threshold
cycle values were used to calculate the fold change in the
transcript levels by using the ΔΔCT method. Primers are listed
in Table 1. The housekeeping gene GAPDH was used to
normalize the expression level of related genes.

2.5. Western Blot Analysis. Cells were washed three times with
phosphate-buffered saline (PBS). Proteins were extracted from
the cells and quantified using a BCA Protein Assay Kit (Beyo-
time). Extracted proteins were loaded on 10% sodium dodecyl
sulfate polyacrylamide gels, transferred to polyvinylidene fluo-
ride membranes (Bio-Rad), and blocked with 5% nonfat milk
powder. Membranes were incubated overnight with the fol-
lowing primary rabbit anti-human antibodies (Cell Signaling
Technology, Beverly, MA, USA): anti-Nrf2 (1 : 2000), anti-
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HO-1 (1 : 2000), anti-NRF1 (1 : 2000), anti-PGC1α (1 : 2000),
and anti-β-actin (1 : 5000). Membranes were incubated with
goat anti-rabbit secondary antibodies. Protein signals were
visualized using the ECL Western Blotting Detection System
(GE Healthcare, Piscataway, NJ, USA). The gray values of
the bands were analyzed using the ImageJ software (National
Institutes of Health, Bethesda, MD, USA).

2.6. Immunofluorescence. Cells were fixed in 4% paraformal-
dehyde for 10min, washed three times with PBS, permeated
with 0.1% Triton X-100, and blocked with goat serum for
1h. The cells were then incubated with primary antibodies
(rabbit polyclonal anti-Nrf2, 1 : 100) overnight at 4°C. After
washing with PBS, the cells were incubated with secondary
antibodies (FITC-conjugated goat anti-rabbit, 1 : 200) for 1h.
The cells were then washed with PBS and further incubated
with DAPI (1 : 1000, Dako, Glostrup, Denmark) for 15min.
Fluorescent images were obtained by an FV-1000/ES confocal
microscope (Olympus).

2.7. Transmission Electron Microscopy. Cells were washed
three times with PBS and fixed with 1% osmic acid at 4°C
for 2h. After dehydration in ethanol and embedding in epoxy
resin, 70nm thick sections were obtained using an ultramicro-
tome. The slices were stained with 3% uranyl acetate and citric
acid and viewed with a transmission electron microscope
(TEM; JEM-1230; JEOL, Tokyo, Japan).

2.8. Metabolic Activity.Oxidative phosphorylation (OXPHOS)
activity was determined using an O2 Extracellular Sensor Kit
(ENZO Life Sciences, Farmingdale, NY, USA) according to

the manufacturer’s instructions. After resin monomer treat-
ment, the Extracellular O2 Sensor Probe was added to the
hDPCs and measured using a fluorescence plate reader for
120min, with fluorescence values of each time point normal-
ized to the value obtained at 0min.

The ratio of adenosine triphosphate (ATP) over adenosine
diphosphate (ADP) was determined using an ADP/ATP Ratio
Assay Kit (Abcam, Cambridge, MA, USA) according to the
manufacturer’s instructions. After resin monomer treatment,
ATP and ADP levels were determined by measuring lumines-
cence in the absence or presence of ADP-converting enzyme
using a luminometer (Tecan, Switzerland) and the ATP/ADP
ratio was subsequently calculated.

Intracellular ROS levels were determined using an ROS
Assay Kit (Beyotime) according to the manufacturer’s instruc-
tions. After resin monomer treatment, digested hDPCs were
incubated with 2′7′-dichlorodihydrofluorescein diacetate and
analyzed with flow cytometry (FACScan, Becton Dickinson,
San Jose, CA, USA). A minimum of 104 cells were analyzed
per condition. Individual values of fluorescence intensity were
normalized to the fluorescence detected in untreated control
cultures.

Mitochondrial membrane potential (MMP) was deter-
mined using the fluorescent dye JC-1 (Beyotime) according
to the manufacturer’s instructions. After resin monomer treat-
ment, digested hDPCs were incubated with the JC-1 staining
solution (5mg/mL) for 20min at 37°C and then rinsed with
JC-1 staining buffer. The fluorescence intensity of JC-1 aggre-
gates was detected at the excitation/emission wavelength ratio
of 525/590nm, and the fluorescence intensity of the JC-1

Table 1: Primer sequences.

Category Gene Forward Reverse

Nrf2 pathway

NFE2L2 5′-CTTGGCCTCAGTGATTCTGAAGTG-3′ 5′-CCTGAGATGGTGACAAGGGTTGTA-3′
HMOX1 5′-CAGGAGCTGCTGACCCATGA-3′ 5′-AGCAACTGTCGCCACCAGAA-3′

Nuclear encoded ETC subunits

NADH dehydrogenase (CI) NDUFS8 5′-CGTCGAGGGCCCCAACTTT-3′ 5′-TAGTCAGCCTGGATGTTGGC-3′
Succinate dehydrogenase (CII) SDHB 5′-AAATGTGGCCCCATGGTATTG-3′ 5′-AGAGCCACAGATGCCTTCTCTG-3′
Cytochrome B (CIII) UQCRC1 5′-CAGTCCTCTCAGCCCACTTG-3′ 5′-AAGCCAGATGCTCCAAAAAG-3′
Cytochrome C oxidase (CIV) COX5B 5′-GTTTTGGCTGCACAAAGGGC-3′ 5′-CTGGGGCACCAGCTTGTAAT-3′
ATP synthase (CV) ATP5A 5′-AAGGAGATATAGTGAAGAGGACAG-3′ 5′-ATAAGTCGTCATAGATGATCAAAGC-3′
mtDNA-encoded ETC subunits

NADH dehydrogenase (CI) ND1 5′-CTCAACTTAGTATTATACCC-3′ 5′-GGAAATACTTGATGGCAGCT-3′
Cytochrome B (CII) CYTB 5′TAGCAATAATCCCCATCCTCCATATAT-3′ 5′-ACTTGTCCAATGATGGTAAAAGG-3′
Cytochrome C oxidase (CIV) COX1 5′-ATTCGAGCAGAATTAGGTCA-3′ 5′-CTCCGATTATTAGTGGGACA-3′
ATP synthase (CV) ATP6 5′-TTTCCCCCTCTATTGATCCC-3′ 5′-GTGGCCTTGGTATGTGCTTT-3′
PGC1α/NRF1 pathway

PGC1α 5′-GTAAATCTGCGGGATGATGG-3′ 5′-AATTGCTTGCGTCCACAAA-3′
NRF1 5′-CTACTCGTGTGGGACAGCAA-3′ 5′-AATTCCGTCGATGGTGAGAG-3′

Control GAPDH 5′-ATGACATCAAGAAGGTGGTG-3′ 5′-CATACCAGGAATGAGCTTG-3′
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monomers was measured at 490/530nm by flow cytometry. A
minimum of 104 cells were analyzed per condition.

2.9. Determination of Apoptosis. Apoptosis was identified
using an Annexin V-FITC Apoptosis Detection Kit (Beyo-
time) according to the manufacturer’s instructions. Briefly,
hDPCs were harvested and washed with PBS, resuspended
in Annexin V binding buffer, and stained with Annexin V-
FITC and propidium iodide (PI) for 15min. Fluorescence
was determined by flow cytometry (FACScan). A minimum
of 104 cells were analyzed per condition.

2.10. Statistical Analysis. Data are represented as means ±
standard deviations of each independent experiment
(n = 3). Statistical significance was evaluated by Student t
-test or one-way analysis of variance (ANOVA) followed
by Tukey posttest in the GraphPad Prism software (San
Diego, CA, USA) at α = 0 05.

3. Results

3.1. Expressions of Nrf2 and HO-1 in HEMA-Exposed hDPCs.
The concentrations of the chemicals employed were first
examined to identify if those concentrations were cytotoxic
to hDPCs. When compared to the control group, tBHQ
(25μM) and ML385 (10μM) have no cytotoxic effect on
hDPCs (Figure 1(a)). The potentials for tBHQ and ML385
at their respective, selected noncytotoxic concentrations to
modulate Nrf2 expression and related antioxidative enzymes
in hDPCs exposed to 1mMHEMA were subsequently evalu-
ated. qRT-PCR analysis showed that the mRNA expression
levels of NFE2L2 and HMOX1 genes, which encode Nrf2
and HO-1 proteins, in the HEMA experimental group were
significantly higher than those in the control group
(Figure 1(b)). Consistent with the qRT-PCR results, western
blot analysis showed that expression levels of Nrf2 and HO-1
proteins were weak in untreated cells but drastically
increased in cells exposed to 1mM HEMA (Figure 1(c)).

The potential for the aforementioned factors to induce
nuclear translocation of Nrf2 was then examined. Immuno-
fluorescence analysis showed that Nrf2 protein was weakly
detectable in the cell nuclei and cytosol of untreated cells.
In contrast, Nrf2 expression increased extensively in the
nuclei and cytosol of cells exposed to 1mM HEMA; the
observations suggested translocation of Nrf2 from the cyto-
sol to the nucleus (Figure 1(d)). In addition, mRNA and pro-
tein expressions of both Nrf2 and HO-1 were upregulated by
tBHQ, but downregulated in cells preincubated with ML385
(Figures 1(b)–1(d)). These results confirmed that tBHQ pro-
moted nuclear translocation of Nrf2 and increased Nrf2 and
HO-1 expression and that ML385 suppressed the Nrf2 path-
way in HEMA-exposed cells.

3.2. In Vitro Sensitivity to HEMA Stimulation Was Nrf2-
Dependent. The notion that modulation of Nrf2 expression
interfered with ROS level and related cell death in hDPCs
exposed to HEMA was examined. Flow cytometry using
2′7′-dichlorodihydrofluorescein diacetate revealed that
HEMA stimulation resulted in increased intracellular ROS
levels beginning at 2 h (Figure 2(c)). This increase in ROS

preceded cell detachment and overt death, which com-
menced at 6 h (Figure 2(a)). HEMA-induced ROS accumu-
lation and cell death were suppressed by cotreatment with
tBHQ, but were potentiated by ML385. After 24 h, cell via-
bility was reduced to 25% by HEMA compared to the
untreated cells and was further significantly decreased after
suppressed Nrf2 expression by ML385. In contrast, upregu-
lated Nrf2 expression by tBHQ significantly protected
hDPCs from HEMA-induced cell death and cell viability
increased to 75% (Figure 2(b)).

3.3. The Role of Nrf2 in HEMA-Induced Apoptosis. The gener-
ation of oxidative stress has been shown to be causally related
to resin monomer-induced apoptosis [15]. Accordingly,
induction of apoptosis in hDPCs exposed to HEMA, with or
without tBHQ or ML385 pretreatment, was further analyzed
using flow cytometry. As shown in Figures 3(a) and 3(b),
untreated cells exhibited minimal signs of apoptosis and more
than 94.8% of the cells remained viable. Conversely, HEMA
stimulation reduced the percentage of viable cells to 83.8%,
and percentages of cells in the various phases of cell death,
mostly in early apoptosis, were analogously increased to
12.6%. In the presence of tBHQ, there was an increase in the
percentage of viable cells and a decrease in the percentage of
cells undergoing late apoptosis or necrosis; the results were
indicative of a well-defined protective effect of tBHQ on
HEMA-induced apoptosis. In contrary, the presence of
ML385 in HEMA-treated cells significantly reduced the per-
centage of viable cells to 64.5%, and the percentage of early
apoptosis and necrosis of hDPCs increased to 24.8% and
3.6%, respectively. These results indicated that HEMA-
induced apoptosis was increased when Nrf2 was inactivated
but was partly inhibited when Nrf2 was activated.

3.4. Pretreatment with tBHQ Restored Mitochondrial
Morphology and Function but ML385 Potentiated
Mitochondrial Damage in HEMA-Exposed Cells. The
involvement of mitochondria in resin monomer toxicity
has been well recognized [15, 20]. Hence, the function of
Nrf2 in mitochondrial alterations and the related metabolic
profiles of HEMA-exposed hDPCs were further investigated.
Transmission electron microscopy of the control cells
showed that the mitochondria had intact outer and inner
membranes with well-defined cristae (Figure 4(a)). After
HEMA treatment, some mitochondria were swollen with
cristae derangements and internal vacuolization. The rough
endoplasmic reticulum also appeared swollen and disrupted
(Figure 4(b)). Conversely, tBHQ partially restored mitochon-
drial morphology, although some of the mitochondria were
irreversibly damaged (Figure 4(c)). The use of ML385 further
inflated the destructive effects of HEMA on mitochondria
with deformed cristae, vacuolization, and loss in structural
integrity (Figure 4(d)).

As shown in Figure 5(a), the HEMA-exposed cells demon-
strated significant reduction in ATP production when com-
pared with untreated cells, which could be rescued by tBHQ
pretreatment. The ATP/ADP ratio was reduced by ML385 in
cells exposed to HEMA. tBHQ treatment also restored the
suppressed OXPHOS activity of HEMA-exposed cells; in
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contrast, ML385 lowered OXPHOS activity even further
(Figure 5(b)). As indicated by JC-1 staining (Figure 5(c)),
exposure of cells to HEMA caused depolarization of mito-
chondrial membrane potential, which was further enhanced
in the presence of ML385 but partially reversed by tBHQ.
Based on such observations, metabolic changes in hDPCs after
HEMA stimulation could be attributed to alterations in
mitochondrial integrity.

The hypothesis of whether suppressed OXPHOS was the
result of electron transport chain (ETC) disruption was further
investigated. Considering that the ETC complex subunits are
encoded by either the nuclear genome or mitochondrial
DNA (mtDNA) [29, 30], representative genes encoding

subunits of each of the ETC complexes were screened [31].
As shown in Figures 5(d) and 5(e), qRT-PCR showed that
the mRNA expression levels of most of these genes were
downregulated in cells exposed to HEMA. This trend was fur-
ther enhanced in the presence of ML385 but partially
reversed by tBHQ. Taken together, these results indicate
that Nrf2 exerts a protective function to alleviate mitochon-
drial morphological alterations and dysfunction in cells
exposed to HEMA.

3.5. Nrf2 Restored Impaired Mitochondria by Regulating the
PGC1α/NRF1 Pathway. To elucidate how Nrf2 restored
mitochondria in HEMA-exposed cells, the expression levels
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Figure 1: Expressions of Nrf2 and HO-1 in HEMA-exposed hDPCs. (a) Cytotoxicity of BHQ (25 μM) and ML385 (10 μM) after 24 h as
evaluated by CCK-8 assay. No significant difference was observed among groups. (b) qRT-PCR analysis of mRNA expression levels of
NFE2L2 and HMOX1 genes which encode Nrf2 and HO-1 proteins, respectively. (c) Western blot of Nrf2 and HO-1 protein expression
levels. (d) Immunofluorescence analysis of Nrf2 expression and nuclear translocation. Green fluorescence represents Nrf2, and blue
fluorescence represents nucleus of hDPCs. Data represent mean ± standard deviations (n = 3). ∗P < 0 05, ∗∗P < 0 01, and ∗∗∗P < 0 001 vs.
untreated cells (control group); #P < 0 05, ##P < 0 01, and ###P < 0 001 vs. HEMA-treated cells. Data were analyzed using one-way
analysis of variance (ANOVA) and post hoc Tukey test.
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of PGC1α and NRF1, which play central roles in a regulatory
network that governs the transcriptional control of mitochon-
drial biogenesis and respiratory function [32], were further
investigated. As shown in Figures 6(a) and 6(b), cells following
HEMA stimulation showed decreased expression levels of
PGC1α andNRF1 proteins but a significant increase of PGC1α
and NRF1 genes compared with untreated cells. Compared
with the HEMA group, pretreatment with tBHQ significantly
upregulated both mRNA and protein expression levels of
PGC1α and NRF1, whereas ML385 further downregulated
their expressions. These results indicate that Nrf2 potentially
restores mitochondrial functions by regulating the
PGC1α/NRF1 pathway in HEMA-exposed hDPCs, although
detailed mechanism requires further investigation in depth
in future studies.

4. Discussion

The functional significance of Nrf2 in the cellular response
of hDPCs to the resin monomer HEMA was clearly demon-
strated in the present study. By using chemicals that modu-
late Nrf2 expression, we found that pharmacological
activation of Nrf2 had protective effects against HEMA-
induced oxidative injury and mitochondrial impairment,
whereas cells with inactivated Nrf2 were much more sensi-
tive to these injurious processes. This protective effect on
mitochondria could be related to the PGC1α/NRF1 pathway.
These results indicate that modulation of the Nrf2-mediated
cellular defense response is an effective strategy for manipu-
lating the sensitivity of cells in the dental pulp to cytotoxic
resin monomers.
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Figure 2: HEMA-induced cell death and ROS accumulation is related to Nrf2 expression. (a) Visualization of hDPC viability observed by
phase-contrast microscopy. (b) Viability of hDPCs as examined by CCK-8 assay after 24 h. (c) Intracellular ROS level examined by flow
cytometry after a 2 h or 6 h exposure period. Data represent mean ± standard deviations (n = 3). ∗P < 0 05, ∗∗P < 0 01, and ∗∗∗P < 0 001 vs.
untreated cells (control group); #P < 0 05, ##P < 0 01, and ###P < 0 001 vs. HEMA-treated cells. Data were analyzed using one-way
analysis of variance (ANOVA) and post hoc Tukey test.
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Mitochondria are the major intracellular source of ROS
but are also the most affected target of ROS [33]. In the
present study, HEMA-induced mitochondrial morphologi-
cal alterations were identified, which included elongated
mitochondria and cristae derangements, as well as mito-
chondrial dysfunctions such as depolarization of MMP

and decreased ATP production via OXPHOS. The majority
of a cell’s ATP is produced by the means of OXPHOS,
which occurs in the mitochondrial cristae [34]. During this
process, the energy released by electrons flowing through
the ETC establishes an electrochemical proton gradient
across the mitochondrial inner membrane, which is largely
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Figure 3: Induction of apoptosis and necrosis in HEMA-exposed hDPCs. After a 24 h exposure period, cells were stained with Annexin V-
FITC (Annexin)/propidium iodide (PI) and analyzed by flow cytometry. (a) Percentages of viable cells (unstained, B3), and cells in apoptosis
(Annexin, B4), late apoptosis (Annexin & PI, B2) and necrosis (PI, B1) of one typical experiment are denoted in the quadrants of each density
blot. (b) Bar graphs represent the mean values of flow cytometry data. Data represent mean ± standard deviations (n = 3). ∗P < 0 05,
∗∗P < 0 01, and ∗∗∗P < 0 001 vs. untreated cells (control group); #P < 0 05, ##P < 0 01, and ###P < 0 001 vs. HEMA-treated cells.
Data were analyzed using one-way analysis of variance (ANOVA) and post hoc Tukey test.
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responsible for MMP. However, mitochondrial morpholog-
ical alterations, especially deformed cristae structures, may
result in the depolarization of MMP and the remaining
proton gradient may not be sufficient to support a high rate
of OXPHOS, as observed in the present study. Compro-
mised mitochondrial function induced by resin monomers
exacerbates ROS-related damage to cells of the dental pulp
(e.g., odontoblasts and macrophages) via bioenergetic fail-
ure and intrinsic mitochondrial apoptosis [10, 15]. The
ETC includes five protein complexes located in the mito-
chondrial inner membrane; complex (C) I to CIV mediate

electron transport from the Krebs cycle coupled to the
pumping of protons, and release of the generated electro-
chemical gradient through ATP synthase (CV) [35]. A
recent study identified CI as a primary target of another
common resin monomer triethylene glycol dimethacrylate
(TEGDMA) [20]. However, HEMA caused ETC disruption
by suppressing most of the ETC complexes, either by
nuclear-encoded mitochondrial or mtDNA-encoded tran-
scription [31]. This contradiction may be explained as
follows: (i) in that study, isolated mitochondria were incu-
bated with TEGDMA; (ii) in the course of resin monomer

500 nm

(a)

500 nm

(b)

500 nm

(c)

500 nm

(d)

Figure 4: Transmission electron microscopy of mitochondrial morphological alterations before and after various treatments. (a) Well-
preserved mitochondria in untreated hDPCs. (b) After the cells were exposed to HEMA, some mitochondria were swollen (arrows), with
cristae derangements (open arrowhead) and vacuolization (asterisk). The rough endoplasmic reticulum also appeared swollen and
disrupted (open arrowheads). (c) The presence of tBHQ partially restored mitochondrial morphology. However, some mitochondria were
irreversibly damaged (open arrowheads). (d) Mitochondria exhibited extensive swelling and cristae derangements (arrows), disruption of
membrane integrity (pointer), and internal vacuolization (asterisk) when the hDPCs were pretreated ML385 prior to exposure to HEMA.
Bar = 500 nm.
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treatment, intracellular mitochondria and mitochondria
obtained after isolation in situ may undergo structural
and functional impairment to different extent; and (iii)
although HEMA and TEGDMA shared similar mechanisms
of toxicity, cells actively respond to different resin mono-
mers by differential induction of cell death (e.g., HEMA
but not TEGDMA induces autophagy in human gingival
fibroblasts [11]).

Cells are equipped with an orchestrated antioxidative sys-
tem to maintain cellular redox homeostasis; central to this
cellular defensive machinery is the Nrf2 pathway [21]. In
the present study, HEMA-stimulated hDPCs promoted
nuclear translocation of Nrf2 and increased Nrf2 and HO-1
expressions. The high levels of Nrf2 expression could be

attributed to disturbed Keap1-mediated degradation of
Nrf2 by HEMA-induced oxidative stress [22] and/or direct
reaction between the methacrylate group of HEMA with
the cysteine residues within Keap1 [36]. Activation of Nrf2
counteracts the increase in ROS production by transcrip-
tional upregulation of antioxidative enzymes such as super-
oxide dismutase (SOD), glutathione peroxidase (GPx),
catalase (CAT), and HO-1 and also alleviates mitochondrial
dysfunction. In a previous study, the authors showed that
resin monomers induced the expression of SOD-1, GPx,
and CAT, as a result of ROS overproduction and glutathione
(GSH) depletion [15]. The function of these ROS-
metabolizing proteins is assisted by HO-1 to provide auxil-
iary cytoprotective products (Fe, CO, and biliverdin) and
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Figure 5: Nrf2 improves mitochondrial function in HEMA-exposed hDPCs. (a) Quantitative analysis of ATP production vs. ADP ratio. (b)
JC-1 detection of mitochondrial membrane potential (MMP). (c) OXPHOS rate. (d, e) qRT-PCR analysis of mRNA expression levels of (d)
nuclear-encoded and (e) mtDNA-encoded gene representatives for mitochondrial complex subunits of hDPCs. Data represent mean ±
standard deviations (n = 3). ∗P < 0 05, ∗∗P < 0 01, and ∗∗∗P < 0 001 vs. untreated cells (control group); #P < 0 05, ##P < 0 01, and ###P <
0 001 vs. HEMA-treated cells. Data were analyzed using one-way analysis of variance (ANOVA) and post hoc Tukey test.
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glutathione reductase to recycle GSH [21, 22]. An RNA-Seq
study in the same hDPC model identified the transcriptional
activation of the coding HMOX1 gene (encoding HO-1 pro-
tein) in response to clinically relevant low concentrations of
TEGDMA [37].

Increases in the expression of Nrf2 and Nrf2-regulated
antioxidative enzymes, including enzymes of directly metab-
olizing ROS or regulating GSH biosynthesis, as shown herein
and in previous studies [15, 38], suggested the induction of
cellular antioxidative defense. Nevertheless, mitochondrial
damage and apoptosis were initiated through the formation
of ROS exceeding the cellular antioxidative capacity; antiox-
idant substances such as N-acetylcysteine were shown to
have protective effects [15]. Thus, we hypothesized that stim-
ulation of the Nrf2 pathway might reduce oxidative stress
and protect cells from toxicity caused by resin monomers
[39]. To validate this notion, the Nrf2 activator tBHQ and
inhibitor ML385 were used to modulate the expression of
Nrf2. It was found that pharmacological activation of Nrf2
had protective effects against, whereas cells with inactivated
Nrf2 were much more sensitive to HEMA-induced oxidative
stress and apoptosis. These results further confirmed the
indispensable function of Nrf2 in cellular antioxidative
defense against cytotoxic resin monomers such as HEMA.
Nrf2 is also critical for the maintenance of mitochondrial
homeostasis and structural integrity. In the present work,
pretreatment with tBHQ is capable of preventing mitochon-
drial morphological changes and dysfunctions induced by
HEMA, while enhanced destructive effects in the mitochon-
dria were observed in hDPCs with inactivated Nrf2. Several
lines of evidence indicate that Nrf2 is involved in maintaining
mitochondrial homeostasis in the stress response as part of
its antioxidant function. For example, induction of Nrf2 by
limb ischemic preconditioning confers resistance to opening
of the mitochondrial permeability transition pore and mito-
chondrial swelling [40]. The hepatocytes of Nrf2-knockout
mice, but not wild-type mice, showed swollen mitochondria

with reduced cristae and disrupted membranes after a high-
fat diet for 24 weeks [41]. Finally, to elucidate how Nrf2
restored mitochondria, the PGC1α/NRF1 pathway that plays
a central role in regulating mitochondrial function, biogene-
sis, and respiration was investigated [42, 43]. Surprisingly,
the authors found that expression levels of PGC1α and
NRF1 mRNA were upregulated compared with the control
group after HEMA stimulation. However, the expression
levels of PGC1α and NRF1 proteins were slightly reduced.
This inconsistency between mRNA and protein expression
levels might indicate that exposure to resin monomers
caused mitochondrial biogenesis protein synthesis or assem-
bly process dysfunction. The downregulation of NRF1 pro-
tein is also involved in dysfunctional synthesis of
mitochondrial ETC complex subunits, resulting in reduced
mitochondrial respiration function [44]. Therefore,
decreased PGC1α and its downstream transcription factor
NRF1 contribute to deficiency in mitochondrial oxidative
capacity and energy production after HEMA stimulation.
These results indicate that the resin monomer HEMA pro-
duces such an intense stress that it damages mitochondrial
respiratory function, which is responsible for energy produc-
tion by downregulating the mitochondrial biogenesis key reg-
ulator PGC1α/NRF1 pathway. The duration of the stress will
in turn worsen the imbalance between energy production
and energy demand to satisfy vital cell functions, which will
lead to bioenergetic failure and apoptosis. In the present study,
pretreatment with tBHQ significantly improves the activity of
mitochondrial ETC complexes, and increases expression of
key mitochondrial biogenesis factors PGC1α and NRF1. All
of these findings indicate that Nrf2 protects hDPCs from
HEMA-induced oxidative injury by improving mitochondrial
respiratory function and mitochondrial biogenesis.

Based on the findings of the present study, the null
hypothesis tested that Nrf2 expression has no influence on
cell sensitivity toward HEMA and mitochondrial homeosta-
sis has to be rejected. Under resin monomer-induced stress
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Figure 6: Nrf2 restored impaired mitochondria by regulating the PGC1α/NRF1 pathway in HEMA-exposed hDPCs. (a) qRT-PCR analysis of
mRNA expression levels of PGC1α and NRF1 genes. (b) Western blot of PGC1α and NRF1 protein expression levels. Data represent mean
± standard deviations (n = 3). ∗P < 0 05, ∗∗P < 0 01, and ∗∗∗P < 0 001 vs. untreated cells (control group); #P < 0 05, ##P < 0 01, and ###P
< 0 001 vs. HEMA-treated cells. Data were analyzed using one-way analysis of variance (ANOVA) and post hoc Tukey test.
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conditions, cells produce excessive ROS and deplete GSH,
which elicits a multitude of responses. Reactive oxygen spe-
cies directly damage macromolecules such as DNA, pro-
teins, and lipids, resulting in mitochondrial dysregulation
and further intracellular ROS production [18]. This ulti-
mately induces mitochondrial damage and intrinsic apopto-
sis. The authors proposed mechanisms for protection by
Nrf2 against resin monomer-induced cellular toxicity
(Figure 7): Nrf2 neutralizes ROS and regenerates GSH, thus
reducing ROS-mediated apoptosis and mitochondrial dam-
age; Nrf2 restores impaired mitochondria by regulating the
PGC1α/NRF1 pathway. Currently, the detailed mechanism
by which Nrf2 maintains mitochondrial homeostasis under
resin monomer-induced stress conditions is unclear and
should be investigated in depth in future studies.

5. Conclusions

The present study investigated the therapeutic potential of
activation of the Nrf2 pathway in HEMA-induced oxidative
injury and mitochondrial impairment. Findings from the
present work show that Nrf2 exerts a protective function
through the alleviation of oxidative stress and maintenance
of mitochondrial homeostasis. These results suggest that
Nrf2 activation is a valuable therapeutic target for pharmaco-
logic control of the adverse effects of dental resin monomers.
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Pyruvate dehydrogenase (PDH) complex, a multienzyme complex at the nexus of glycolytic and Krebs cycles, provides acetyl-CoA
to the Krebs cycle and NADH to complex I thus supporting a critical role in mitochondrial energy production and cellular survival.
PDH activity is regulated by pyruvate dehydrogenase phosphatases (PDP1, PDP2), pyruvate dehydrogenase kinases (PDK 1-4), and
mitochondrial pyruvate carriers (MPC1, MPC2). As NADH-dependent oxidative phosphorylation is diminished in systolic heart
failure, we tested whether the left ventricular myocardium (LV) from end-stage systolic adult heart failure patients (n = 26) exhibits
altered expression of PDH complex subunits, PDK, MPC, PDP, and PDH complex activity, compared to LV from nonfailing donor
hearts (n = 21). Compared to nonfailing LV, PDH activity and relative expression levels of E2, E3bp, E1α, and E1β subunits were
greater in LV failure. PDK4, MPC1, and MPC2 expressions were decreased in failing LV, whereas PDP1, PDP2, PDK1, and PDK2
expressions did not differ between nonfailing and failing LV. In order to examine PDK4 further, donor human LV cardiomyocytes
were induced in culture to hypertrophy with 0.1 μM angiotensin II and treated with PDK inhibitors (0.2mM dichloroacetate, or
5mM pyruvate) or activators (0.6mM NADH plus 50μM acetyl CoA). In isolated hypertrophic cardiomyocytes in vitro, PDK
activators and inhibitors increased and decreased PDK4, respectively. In conclusion, in end-stage failing hearts, greater
expression of PDH proteins and decreased expression of PDK4, MPC1, and MPC2 were evident with higher rates of PDH
activity. These adaptations support sustained capacity for PDH to facilitate glucose metabolism in the face of other failing
bioenergetic pathways.

1. Introduction

Heart failure is a syndrome that involves postmyocardial
injury adaptations and remodelling at structural, cellular,
humoral, and molecular levels that are evoked to maintain
viable cardiac output and systemic circulation. However, a
feature of progressively deteriorating myocardial systolic
function is deficiency in energy supply due to diminished
mitochondrial oxidative phosphorylation rates and thus
reduced ATP synthesis and creatine phosphate (PCr) stores
[1–3]. Relative to nonfailing donor LV, we have previously

measured decreased activity rates of mitochondrial respira-
tory enzyme complex I, complex IV, and nicotinamide
nucleotide transhydrogenase; the Krebs cycle enzymes isoci-
trate dehydrogenase, malate dehydrogenase, and aconitase;
plus decreased cellular levels of total glutathione and coen-
zyme Q10, in end-stage failing adult human heart biopsies
[4, 5]. In these failing myocardial tissues, diminished man-
agement of reactive oxygen metabolism augments postoxida-
tive modifications of key mitochondrial proteins and lipids
that inhibit enzyme activity [5], cause loss of membrane
cardiolipin [6], decrease the activity of the creatine kinase
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pathway [7], and impede contractile function of myofibrillar
proteins [8].

The pyruvate dehydrogenase (PDH) complex is a large
multi-subunit enzyme complex within the mitochondrial
matrix, consisting of 4 proteins: pyruvate dehydrogenase
(E1), dihydrolipoamide transacetylase (E2), dihydrolipoa-
mide dehydrogenase (E3), and one structural protein
(E2/E3-binding protein) [9]. PDH catalyses the irreversible
conversion of pyruvate to acetyl CoA, the first intermediate
of the Krebs cycle, and NADH required by respiratory
complex 1. Thus, PDH is a crucial “gateway” regulator of cel-
lular metabolism, linking the Krebs cycle and subsequently
oxidative phosphorylation and ATP synthesis with glycolysis
and gluconeogenesis as well as lipid, ketone, and amino acid
metabolism [9–15]. Although human PDH relies on mito-
chondrial pyruvate carrier heterodimer protein function
(MPC1, MPC2), PDH activity is tightly controlled by phos-
phorylation of the E1α subunit via PDH kinases (PDK1,
PDK2, PDK3, and PDK4) and dephosphorylation by PDH
phosphatases (PDP1, PDP2). Thus, PDH regulation occurs
at multiple levels, including transcriptional regulation,
allosteric regulation, and feedback modulation from meta-
bolic substrate availability, i.e., low oxygen (PDK1), high sub-
strate concentrations such as acetyl CoA/NADH (PDK2),
ATP (PDK3), or nutrient deprivation (PDK4). See Figure 1.

As deficits in NADH-dependent mitochondrial complex
I activity and oxidative phosphorylation are a feature of
human systolic heart failure and most studies of PDH func-
tion in heart failure have examined animal models [15], the
aims of this study were to measure PDH activity, protein
complex subunit expression, and the protein expression of
PDH regulatory kinases and phosphatases in left ventricular
biopsies from adult human end-stage systolic heart failure
and nonfailing donor hearts.

2. Materials and Methods

2.1. Myocardial Sampling and Processing. Left ventricular
myocardial biopsies were obtained from nonfailing
(52 ± 3 2 yrs old, left ventricular ejection fraction of 64 ± 3%,
n = 21) and explanted end-stage failing human hearts
(50 ± 2 7 yrs old, NYHA Class IV, left ventricular ejection
fraction of 24 ± 2%, n = 27). Mid left ventricular endocardial
samples (1 g) were snap-frozen upon collection and stored
at -80°C. Patient consent was obtained from the Alfred
Hospital (Melbourne, Australia) at the time of heart trans-
plantation. Patients with ischemic cardiomyopathy had pre-
viously been treated with statins, diuretics, ACE inhibitors,
β-adrenoreceptor antagonists, and Ca2+ antagonists. Non-
failing hearts were obtained following brain death due to
subarachnoid haemorrhage in donor patients with no his-
tory of overt cardiovascular disease; however, these hearts
were excluded from transplantation due to technical com-
plications. The study was approved by the Alfred Hospital
Human Ethics Committee for Discarded Tissue Research,
and donor heart use was approved for research by donor
family consent and the Victorian Organ Donation Service,
Australian Red Cross. The myocardium was homogenized

under liquid N2, and protein estimates were performed as
previously described [5].

2.2. Myocardial Enzyme Expression and PDH Activity.
Protein expression of PDH subunits, PDK1, PDK2, PDP1,
PDP2, MPC1, and MPC2 was determined using Western
immunoblotting following standard procedures. Briefly,
20μg protein/lane was loaded onto a 10% SDS-PAGE gel
and run at 100V for 2 hours. Protein bands were transferred
to a PVDF membrane at 100V for 1½ hours and membranes
blocked with TBS-Tween (TBST)+ 0.5% skim milk powder
(blocking buffer) using the SNAP i.d. system (Millipore).
Membranes were incubated with a primary antibody over-
night at 4°C at the following dilutions: PDK1 (Abcam)
1 : 1000; PDK2 (Abcam) 1 : 1000; PDP1 (Abcam) 1 : 250;
PDP2 (Abcam) 1 : 250; MPC1 (Cell Signaling) 1 : 1000;
MPC2 (Cell Signaling) 1 : 1000; and PDH western blotting
cocktail (Abcam), 6μg/mL). Porin (VDAC, Abcam), 1 : 5000,
was used as a loading control. Membranes were then washed
and incubated with a secondary antibody (goat anti-rabbit or
anti-mouse/HRP, 1 : 2000 (Bio-Rad)), washed, and briefly
incubated with ECL chemiluminescent detection reagent
(Perkin Elmer) and exposed to film. Band expression was
quantified using ImageJ Software (NIH) and normalized to
Complex V δ subunit (PDH cocktail) or Porin expression
(all other antibodies). Expression of PDK4 was quantified
using immunocapture-based ELISA kits (Abcam). PDH
enzyme activity was determined spectrophotometrically as
described by Pepe et al. [16].
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Figure 1: Scheme of pyruvate dehydrogenase complex regulation.
Pyruvate dehydrogenase (E1) performs decarboxylation of
pyruvate and reductive acetylation of lipoic acid which binds
dihydrolipoamide transacetylase (E2). E2 donates protons and
electrons to the FAD of dihydrolipoamide dehydrogenase (E3)
which converts dihydrolipoic acid and NAD+ into lipoic acid and
NADH, reoxidizing E3. Phosphorylation of E1α by pyruvate
dehydrogenase kinases (PDK1-4) inactivates E1 and subsequently
the entire complex. Phosphorylation of the E1α subunit is reversed
by pyruvate dehydrogenase phosphatase (PDP) and stimulated
(via PDK regulation) by insulin, phosphoenolpyruvate, AMP,
Ca2+, and Mg2+ and is competitively inhibited by ATP, NADH,
and acetyl-coenzyme A (Acetyl-CoA). MPC1, MPC2=mitochondrial
pyruvate carrier heterodimer; DCA= dichloroacetate; FFA = free
fatty acids; SIRT3 = sirtuin 3; FAD= flavin adenine dinucleotide;
NAD=nicotinamide adenine dinucleotide; CoA-SH= coenzyme A.
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2.3. Human Cardiomyocyte Hypertrophy In Vitro. Human
adult left ventricular cardiomyocytes were purchased from
PromoCell (Germany) and cultured according to the rec-
ommended conditions in 24-well plates (seeded at 20,000
cells/well) or 96-well white tissue culture plates for plate
reader measurements (seeded at 3,000 cells/well). Cells were
grown for 72hr in a myocyte growth medium (MGM; Pro-
moCell) under standard cell culture conditions (37°C, 5%
CO2) and induced to hypertrophy by a further 24 hr incu-
bation with 0.1μM angiotensin II (Ang II). Following Ang
II treatment, cells were treated for 30min with PDK inhib-
itors: 0.2mM dichloroacetate (DCA) or 5mM pyruvate; or
PDK activators: 0.6mM NADH plus 50μM acetyl CoA.

Following treatments, PDK4 measurements were made
using the PDK4 ELISA assay on cell extracts (MitoSciences).
For analysis of cell size, 2 × 104 cells/well were seeded on
coverslips in 12-well culture plates for 72 hours, washed
gently with PBS, and fixed for 20 minutes at room tempera-
ture with 4% paraformaldehyde in PBS (250μL/well). Cells
were washed twice with 500μL PBS, then permeabilized
and blocked for 45 minutes in 500μL blocking buffer (2%
fetal bovine serum, 2% BSA, 0.1% NP-40 in PBS). Cells were
incubated with a primary antibody (sarcomeric α-actinin
1 : 100, or slow muscle myosin 1 : 400; Sigma Aldrich), in
250μL blocking buffer, overnight at 4°C, washed 3× 5
minutes with PBS, and incubated for 1 hour at room temper-
ature with a secondary antibody (goat α-mouse IgG1/Alexa
Fluor 488 (Invitrogen); 10μg/mL in blocking buffer). Cells
were washed 3× 5 minutes and incubated for 15 minutes
with 3μMDAPI nucleic acid stain (Thermo Fisher), followed
by a further three washes. Coverslips were then carefully
removed from the wells, inverted, and fixed onto microscope
slides using a mounting medium. Cells were visualized using
an AxioVision fluorescence microscope. Cell size was
estimated as the total area of pixel fluorescence measured in
50 cells per treatment group, from 3 independent experi-
ments using ImageJ software (NIH).

2.4. Statistical Analysis. Statistical comparisons of measures
(mean ± standard deviation) between the nonfailing and
heart failure groups were performed using GraphPad Prism
Version 7. Student’s t-test with unequal variance or a
two-way ANOVA with Bonferroni correction for post hoc
comparisons was performed to assess the differences among
the groups (in vitro cardiomyocyte experiments). A probabil-
ity value of less than 0.05 was considered significant.

3. Results

3.1. PDH Activity. PDH activity was significantly increased
in the heart failure group when normalized to citrate
synthase activity (4 49 ± 0 49mU/U citrate synthase), repre-
senting a 63% increase compared to the nonfailing tis-
sues (2 75 ± 0 51mU PDH/U citrate synthase, p = 0 023)
(Figure 2(a)). Comparative activity data from human studies
has not previously been reported. However, a rise in PDH
activity has been reported in fast-growing cardiomyopathic
broiler chickens in the heart failure stage, together with a
decline in cardiac function associated with loss of ATP and

PCr stores [17]. The amount of active PDH has also been
shown to increase in a porcine model of ischemia [18]. How-
ever, in a rodent salt-sensitive model of heart failure, no
change in PDH activity was seen in either the hypertrophic
or failing stages of disease progression [19].

3.2. Expression of PDH Enzyme Subunits and Regulatory
Enzymes. Figure 2(c) shows the expression profile of PDH
enzyme subunits in the heart failure group relative to nonfail-
ing controls. Consistent with an increase in enzyme activity,
the expression of all PDH subunits was increased in heart
failure (all subunits p < 0 05), with the exception of the E1b
subunit. The most pronounced increase was for the E1α
subunit, the regulatory subunit of PDH (p = 0 013).

Figure 3(a) summarises PDK4 expression levels which
are markedly less in the heart failure group compared to
the nonfailing group (p = 0 004). As PDK4 is a major cardiac
regulatory kinase isoform that reversibly inactivates PDH,
decreased PDK4 expression facilitates a greater capacity for
activation of PDH in the heart failure group. PDK1 is
expressed predominantly in the heart and skeletal tissue
and is responsive to low oxygen, whereas PDK2 is activated
in response to high availability of NADH and acetyl CoA
[12]. The protein expression levels of PDK1 and PDK2 were
unaffected by heart failure (Figure 3(c)).

Notably, as summarised in Figure 4(a), the failing
myocardium expressed significantly less MPC1 and MPC2
compared to nonfailing hearts, indicating reduced capacity
for pyruvate uptake into mitochondria and conversion of
pyruvate into acetyl-CoA. This is consistent with a previously
reported shift towards glycolytic metabolism and lowered
PPAR activity in the failing human heart [20, 21]. In contrast,
the pyruvate dehydrogenase phosphatases PDP1 and PDP2
did not differ in protein expression level between nonfailing
and heart failure groups (Figure 4(c)), indicating that the
availability of phosphatases for reversal of E1 phosphoryla-
tion is unaffected by severe end-stage heart failure.

3.3. PDK4 in Ang II-Dependent Myocyte Hypertrophy In
Vitro. We tested PDK regulation and expression directly
using a simple model to generate cardiac stress and hypertro-
phy in human ventricular myocytes in vitro. In this cell
culture model, myocytes were treated for 24 hours with
0.1μM angiotensin II (Ang II), which has been previously
shown to induce hypertrophy and increase production
of reactive oxygen species (ROS) in these cells [22]
(Figures 5(a) and 5(b)). Cardiomyocyte size increased by
30% following Ang II treatment (Figure 5(c)). Notably,
PDK4 expression was lower in Ang II-treated hypertrophic
cardiomyocytes than untreated control cells (Figure 5(d)).
Exposure for 30min to the PDK inhibitors DCA (0.2mM),
or pyruvate (5mM), decreased PDK4 protein expression in
both control and Ang II–treated myocytes (groups B and
F). Activators of PDK (acetyl CoA and NADH) did not
increase PDK4 expression in the control group, as activity
may already be at its peak (group C).

However, in the Ang II-treated group, where baseline
expressionwas lower, acetyl CoA+NADH treatment restored
PDK4 expression to near baseline control levels (group G).
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These results demonstrate that Ang II treatment induces
adaptive changes in PDK4 expression which can be rap-
idly modified or reversed by metabolic modulators of
PDK activity.

4. Discussion

In severe heart failure states, shifts in cardiac metabolism
involving decreased oxidative phosphorylation, diminished
fatty acid oxidation, and greater reliance on glucose oxida-
tion have been reported predominantly in animal models
[15]. In the present study, we examined human myocardial

expression and activity of PDH and its key regulatory pro-
teins which to date have not been concurrently examined in
detail during end-stage human heart failure. Our main
findings include greater PDH activity and E1α, E2, and
E3bp protein subunit expression levels in the heart failure
group, compared to our nonfailing group. Concomitantly,
end-stage failing hearts exhibited markedly diminished
expression of PDK4, but a mild decrease in MPC1 & MPC2
protein compared to nonfailing donor hearts. In addition,
there was no significant difference in E1b, PDP1, PDP2,
PDK1, and PDK2 protein levels between the groups. The
present findings arising from this “snapshot” of severe
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end-stage heart failure indicate that the increased PDH
activity is contributing to the final stage of adaptive survival
in a setting of diminished processes that include decreased
activity rates of complex I, complex IV, nicotinamide nucle-
otide transhydrogenase, isocitrate dehydrogenase, malate
dehydrogenase, and aconitase; decreased cellular levels of
total glutathione and coenzyme Q10; and augmented postox-
idative modifications to metabolic and myofilament proteins,
as we previously reported for this cohort [4, 5, 8].

Early work with the cardiomyopathic hamster found that
decreased PDH activity and decreased total PDH were
associated with diminished calcium homeostasis in the

failing myocardium [23]. In a rat model of hypertrophic
pressure overload, decreased active PDH, without a change
in total PDH level, has been reported during the transition
from compensated hypertrophy to decompensated heart
failure [24]. Although increased PDH activity has been
reported in the ischemic porcine heart [18], decreased PDH
activity with increased PDK4 has been reported in a porcine
model of pacing-induced, early heart failure [25]. In contrast,
in early to moderate failure in the microembolized canine
heart failure model, PDH activity was unchanged [26],
indicating that the shift in metabolism may occur later in
heart failure. Kato et al. reported, in a heart failure study of
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Dahl salt-sensitive rats [19], expression of genes controlling
glycolysis, fatty acid oxidation, and mitochondrial function
which remained largely unchanged in the hypertrophic
phase, decreasing only in the failing stage alongside a
decrease in transcriptional regulators. Indeed, in moderate
human heart failure (NYHA Class II-III), high rates of fatty
acid oxidation and low carbohydrate oxidation relative to
healthy subjects have been reported [27], whereas in severe

end-stage failure diminished capacity for fatty oxidation
and increased glucose metabolism have been reported for
NYHA IV heart failure patients [20, 28–30]. Razeghi and col-
leagues [20] demonstrated that the metabolic profile in heart
failure was not due to a reversion to a fetal-like phenotype as
previously thought, but by suppression of adult gene tran-
scripts to fetal levels, particularly those involved in fatty acid
oxidation and PPARs. The present findings of our study
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support sustained adaptive capacity for PDH to facilitate glu-
cose metabolism in the face of other failing pathways.

4.1. PDH Regulation by PDK and PDP. PDH activity is exqui-
sitely regulated by cellular energy status; i.e., high levels of
ATP, NADH, and acetyl-CoA are inhibitory [31, 32]. In
addition, there is gene transcriptional regulation of the
PDH components, i.e., fasting or metabolic insufficiency
downregulates subunit transcription which is restored on
feeding or cessation of energetic stress [33]. Rapid control
of PDH activation and deactivation is achieved by phosphor-
ylation and dephosphorylation. PDH is tightly regulated by a
family of four kinases (PDK1-4), PDK1 and PDK4 being the
major isoenzymes in the heart [14], each of which has
varying sensitivity to various environmental stimuli and met-
abolic intermediates. However, a degree of cross-sensitivity

occurs between these four PDKs: (a) PDK1 is most involved
in sensing low oxygen concentration, (b) PDK2 is sensitive
to a high concentration of NADH and a high ratio of acetyl-
CoA to CoA ratios, (c) PDK3 is sensitive to a high concentra-
tion of ATP, and (d) PDK4 is responsive to nutrient depriva-
tion [14, 34–37]. Three of the four PDKs (PDK 2, 3, and 4)
have been reported to be directly under PPAR regulation, thus
highlighting their important role in metabolic control [37]. In
turn, gene expression of PDK1 is directly activated by HIF1α
in response to low oxygen levels [38]. Each of the four PDH
kinases has varying reactivity on each of the three serine resi-
dues of the PDH E1α subunit, with phosphorylation of any
one of the three serine residues resulting in inhibition of
PDH. While each of the PDH kinases is responsive to specific
environmental factors, dephosphorylation, and hence activa-
tion, of PDH by PDH phosphatase (PDP) is nonspecific,
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Figure 5: A-H. In vitro culture model of human ventricular cardiomyocytes (groups A-D= control; groups E-H= 0.1μM Ang II).
(a) Control. (b) Ang II-dependent cardiomyocyte hypertrophy. Cardiomyocytes are stained with sarcomeric α-actinin (1 : 100) and
DAPI (nuclear blue dye). (c) Summary of Ang II-dependent increases in the cell surface area after a 24 hr exposure averaged from
50 cells per treatment group in 3 independent experiments, ∗p < 0 05 vs Ang II. (d) PDK4 cell protein levels following 30min
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although PDP1 is activated by mitochondrial Ca2+ release fol-
lowing muscle contraction, as are the Krebs enzymes, α-keto-
glutarate dehydrogenase (KGDH), and (NAD)-isocitrate
dehydrogenase (ICDH) [11].

In our study, while protein expression of PDK1 and
PDK2 was unchanged, PDK4 expression was reduced by
more than 60% in the failing heart. Gene expression of
PDK1, among other glycolytic genes, is directly activated by
HIF1α (hypoxia-inducing factor 1α) in response to hypoxic
oxygen levels, directing metabolism towards glycolysis,
maintaining ATP levels, and preventing toxic buildup of
ROS [35]. PDK1 expression was unchanged in the heart
failure group, suggesting that oxygen delivery is not a signif-
icant factor modifying PDH expression in end-stage failure.
Nor is nutrient deprivation, as PDK4 expression was low in
the heart failure group. PDK2, in comparison, responds to
all metabolic markers ATP, NADH, and acetyl CoA and thus
serves as one of the major regulators of PDH [14]. Thus,
nutrient/substrate availability does not appear to be driving
the change in PDH expression. PDK3 expression was not
measured due to low expression in the heart [14], whereas
mRNA expression changes in PDK2 and PDK4 isoforms
have been reported for human heart failure [20]. Our study
findings are congruent with studies in PDK4 knockout mice
that exhibit increased myocardial PDH activity, increased
glucose oxidation, and increased resistance to ischemia-
reperfusion injury [39]. Altered PDH subunit expression
and PDK regulation may thus provide important adaptive
capacity to support mitochondrial bioenergetics in heart
failure progression.

4.2. Mitochondrial Pyruvate Carrier (MPC). Pyruvate entry
into the mitochondrion through the inner membrane repre-
sents a rate-limiting step for pyruvate oxidation and thus
oxidative phosphorylation, serving as a critical regulatory
point, linking carbohydrate, protein, and fatty acid metabo-
lism. The molecular identity of the pyruvate importer has only
been recently characterised as two proteins (MPC1, MPC2)
that form a hetero-oligomeric complex in the inner membrane
mitochondrial to facilitate pyruvate transport and involves
proton cotransport aided by mitochondrial membrane poten-
tial whereby an electrically neutral proton gradient drives
pyruvate inwards across the inner mitochondrial membrane
during proton symport [40]. A surviving myocardium of
postischemic porcine heart exhibits increased MPC1 and
MPC2 protein levels, similar to myocardial samples from
patients with acute ischemia [43].

While the precise mechanisms of regulation remain to be
fully elucidated, NAD+-dependent sirtuin 3 (SIRT3) has been
reported to bind to and deacetylate MPC1 to enhance pyru-
vate transport activity [44]. SIRT3 deacetylation is also
involved in the regulation of other mitochondrial proteins
involved in energy production and redox signalling, includ-
ing enzymes involved with calcium handling and oxidative
phosphorylation [45]. It is possible that contributing to the
complex maladaptations arising in end-stage heart failure is
cumulative lysine acetylation of numerous mitochondrial
proteins, including PDH subunits, indicative of a loss of
mechanisms involved in deacetylation-dependent regulation,

including diminished SIRT3 [46–48]. As measuring protein
acetylation status and SIRT deacetylation of mitochondrial
proteins in our two groups were beyond the scope of our
study, we are not able to determine whether the modest
decrease in protein expression of both MPC1 and MPC2
is impacted by a loss of SIRT3 deacetylation in our heart
failure group.

4.3. Targeting PDK-Dependent Regulation of PDH Activity.
DCA is an agent with high specificity for PDK, used orally
for over 30 years in the treatment of lactic acidosis in children
suffering congenital PDH deficiency and more recently has
been proven useful in the treatment of a range of cancers
[49]. PDK inhibition with DCA has been shown to provide
acute protection against postischemic injury and mechanical
dysfunction [18, 34, 50–56]. DCA treatment has been shown
to be effective in a Dahl salt-sensitive (DS) rat model of heart
failure, by preserving cardiac function and preventing the
transition from hypertrophy to failure [19]. Intravenous
infusion of DCA (50mg/kg) for 30 minutes in congestive
heart failure patients resulted in improved mechanical
efficiency as demonstrated by improvements in cardiac
index, stroke work, and stroke volume measures in the time
following infusion [53], while improvements in mechanical
efficiency and stroke volume have been demonstrated in a
select group of patients with chronic angina [54]. Clinical
trials in human heart failure patients, however, have not
been pursued due to toxicity and management difficulty
with chronic DCA use [49].

As we observed a marked decrease in PDK4 expression in
our heart failure group, we undertook a preliminary, limited
study of whether PDK expression could be modulated in
cultured human ventricular cardiomyocytes induced to
hypertrophy with Ang II [22]. We found baseline PDK4
expression to be decreased by acute Ang II-treatment in these
cardiomyocytes. Treatment with PDK inhibitors, DCA, or
pyruvate resulted in a marked inhibition of PDK4 expression
in both the control and Ang II groups, demonstrating that
expression can be rapidly modified. Expression of PDK4
was not increased with its activators, acetyl-CoA/NADH, in
the control group, whereas in the Ang II group, treatment
with PDK activators restored expression back up to control
baseline levels.

Lon protease is a nuclear encoded, mitochondrial
ATP-dependent serine peptidase, which has recently been
identified to mediate a vast number of roles in mitochon-
drial homeostasis including regulation of mitochondrial
protein turnover, autophagy, mitochondrial DNA replica-
tion, oxidative phosphorylation, mitochondrial morphology,
and dynamics [57, 58]. Lon protease is a target of SIRT3 and
acts as a chaperone to inner mitochondrial membrane pro-
teins and proteolytic activity for the elimination of damaged
proteins and folded regulatory proteins. Lon protease has
been shown to specifically degrade cardiac PDK4 [57]. As
we did not measure activity or abundance of Lon protease,
the role of this enzyme in this context in vitro or on the
decreased PDK4 seen in our heart failure group is currently
unclear, but is an important focus in our ongoing studies
on PDK4.
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5. Conclusions

The results of this study support increased PDH activity in
end-stage human heart failure. This increase in PDH activity
is facilitated by an increase in PDH protein expression,
particularly the E1α subunit which forms a key regulatory
site of PDH, and a reduction in PDK4 expression which thus
limits inactivation of PDH. These key adaptations afford
the severely failing left ventricle crucial capacity to utilize
glucose-dependent energy production in the face of dwin-
dling energy options. Future work to elucidate mechanisms
of altered expression and function for MPC1, MPC2, and
PDK isoforms and their adaptations in heart failure progres-
sion will be valuable in the setting of mitochondrial energy
regulation and the development of clinically viable novel
drugs for these targets.
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The Von Hippel-Lindau (VHL) syndrome has been rarely associated with renal oncocytomas, and tumors usually show
HIF1α chronic stabilization. By contrast, oncocytomas mainly associated with respiratory chain (RC) defects due to severe
mitochondrial DNA (mtDNA) mutations are incapable of stabilizing HIF1α, since oxygen consumption by the RC is
dramatically diminished and prolylhydroxylase activity is increased by α-ketoglutarate accumulation following Krebs cycle
slowdown. Here, we investigate the cooccurrence of a pseudohypoxic condition with oncocytic transformation in a case of
VHL-associated renal oncocytoma. While HIF1α was abundant in nuclei concordantly with defects in VHL, negative
staining of its targets carbonic anhydrase IX (CAIX) and glucose transporter GLUT1, usually overexpressed in
VHL-associated neoplasms, suggested HIF1α to be present in its inactive (hydroxylated) form. MtDNA sequencing and
immunohistochemistry analyses revealed a MT-CO1 stop-gain mutation and cytochrome c oxidase loss. We suggest that a
mitochondrial respiration impairment may lead to hyperhydroxylation of the transcription factor, which we confirmed by
specific staining of hydroxylated HIF1α. Such inactive form hence accumulated in the VHL-deficient tumor, where it may
contribute to the benign nature of the neoplasm. We propose that the protumorigenic role of HIF1α in VHL cancers may
be blunted through drugs inhibiting mitochondrial respiratory complexes, such as metformin.

1. Introduction

Von Hippel-Lindau (VHL) disease is a genetic condition
characterized by the predisposition to develop tumors of
the central nervous system, such as hemangioblastoma of
the cerebellum, in addition to clear cell Renal Cell Cancer
(ccRCC). Pheochromocytoma and pancreatic cancer have also
been reported in patients harboring germ line VHLmutations
[1]. A commonmolecular feature shared by such neoplasms is
the chronic stabilization of the Hypoxia-Inducible Factor 1α
(HIF1α) even in normoxia (pseudohypoxia). The tumor sup-
pressor VHL encodes a ubiquitin ligase enzyme that presides

to constant HIF1α degradation in the presence of molecular
oxygen, when the transcription factor is hydroxylated by pro-
lylhydroxylase domain-containing (PHD) enzymes for VHL
recognition and proteasome degradation [2]. A lack of VHL
leads to HIF1α activation sustaining a protumorigenic meta-
bolic reprogramming towards Warburg’s glycolytic shift, as
well as a promotion of neoangiogenesis, since HIF1α positively
regulates both glycolytic enzymes and the vascular endothelial
growth factor (VEGF). Such protumorigenic changes, on the
contrary, do not occur in benign sporadic kidney oncocyto-
mas, i.e., renal tumors characterized by cells with a marked
mitochondrial hyperplasia and a scarce vascularization. This
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is due to the inability of the tumor to stabilize HIF1α follow-
ing the occurrence of pathogenic mitochondrial DNA
(mtDNA) mutations [3], a distinctive hallmark of renal
oncocytoma [4]. Here, we report for the first time a case of
VHL-associated renal oncocytoma whose mtDNA genetic
hallmark, a highly pathogenic mutation in respiratory Com-
plex IV (CIV), was associated with the unique phenotype of
undegraded, hyperhydroxylated, and dysfunctional HIF1α,
suggesting that mtDNA mutations are potent modifiers
in cancer.

2. Materials and Methods

2.1. Mitochondrial DNA Sequencing, Haematoxylin-Eosin
Staining, and Immunohistochemical Analysis. Analyses were
performed on FFPE sections of the proband’s renal oncocy-
toma. 10μm-thick slides were obtained for total DNA
extraction with a commercial kit (Promega), and whole
mtDNA sequencing and analysis were performed as previ-
ously described [5]. 4μm-thick FFPE serial sections were
used for haematoxylin-eosin staining (H&E) and immuno-
histochemical (IHC) analysis. The following primary anti-
bodies were applied: mouse monoclonal anti-mitochondrial
COXI (clone 1D6E1A8, Abcam Ltd., UK) diluted 1 : 800;
mouse monoclonal anti-HIF1α (clone H1alpha67, Thermo
Fisher Scientific, USA) diluted 1 : 600; rabbit monoclonal
anti-hydroxy-HIF-1α (clone D43B5, Cell Signaling Tech-
nology, USA) diluted 1 : 400; and mouse monoclonal anti-
OxPhos Complex V, subunit D (clone 7F9, Invitrogen Co.,
CA, USA) diluted 1 : 1000. Sections were dewaxed, rehy-
drated, and subjected to antigen retrieval treatment in a water
bath at 98.5°C using citrate buffer pH6.0 (40min) for anti--
HIF1α or Tris-EDTA buffer pH9.0 (20min) for anti-COXI
and anti-Complex V, subunit D. Endogenous peroxidase
activity was inhibited using a 0.5% H2O2 solution in metha-
nol for 20min at room temperature. Sections were incubated
overnight at 4°C and then processed using a nonbiotin-
amplified method (Novolink, Novocastra) according to the
manufacturer’s protocols. The immunologic reaction was
developed using a 3,3′-diaminobenzidine (DAB)/H2O2 PBS
pH7.2-7.4 solution for 10min. Sections were then washed
in distilled water, counterstained in Harris haematoxylin,
dehydrated, and mounted with Bio Mount HM (Bio Optica,
Milan Italy). The immunological reaction for anti-CAIX
(clone TH-22, Novocastra, UK) diluted 1 : 100 and rabbit
polyclonal anti-GLUT1 (Cell Marque, USA) RTU was con-
ducted in a BenchMark ULTRA autostainer (Ventana Medi-
cal Systems, USA). Sections were retrieved with Ultra CC1 at
95°C (CAIX—32min, GLUT1—24min) and incubated at
36°C for 28min with the proper antibody. The immunologic
reaction was visualized using an OptiView DAB detection kit
following the manual instructions.

2.2. Immunohistochemical Quantification. The quantitative
score (QS) for each protein in control and tumor tissue was
evaluated at a magnification of 200x as previously reported
[6]. The QS is then expressed as the product of the percentage
of positive cells (P) and the staining intensity (I). The final QS

is a value within the range of 0 (negative staining) and 12
(strong positive staining).

2.3. Ethics Approval and Consent to Participate. The patient
was enrolled in the TRANSMIT study (protocol number
26/2009/U/Tess 03/03/2009) approved by the local ethical
committee at S. Orsola Hospital, Bologna.

3. Results

3.1. Case Histology Reveals a Typical Renal Oncocytoma. The
case was retrieved from a previous study in which a
40-year-old male had been diagnosed with hemangioblas-
toma of the cerebellum and renal oncocytoma with a germ-
line VHL mutation [7]. The patient’s renal tumor was in
fact revealed to be a typical oncocytoma located in the lower
pole of the right kidney visualized with echography as a
well-circumscribed nodule. Macroscopically, the neoplasm
measured 3.5 cm across, displayed neat borders, and had a
brownish color in the cut surface. The case was brought to
our attention with the aim to understand how a pseudohy-
poxic condition may coexist with the oncocytic phenotype,
whose molecular signature is the occurrence of mtDNA
mutations leading to HIF1α chronic destabilization [3].
Genetic analyses had previously revealed that the patient har-
bored an 11 bp duplication in the promoter region of VHL,
whose functional investigation showed an impaired gene
expression of the mutated allele, hence explaining the VHL
syndromic phenotype of the subject [7]. Histologically, the
tumor was constituted by cells of similar size arranged along
regular trabeculae. Cells showed round and regular nuclei.
Mitoses were rare. No necrotic areas were seen. Almost all
tumor cells displayed intense and diffuse eosinophilic cyto-
plasmic granularity (Figure 1(a)) consequent to mitochon-
drial overload as observed with the positive anti-OxPhos
antibody (Figures 1(b)-1(c)).

3.2. A Peculiar HIF1α Dysfunction Occurs within the Renal
Oncocytoma. Since VHL-associated tumors usually show a
functional HIF1 even in normoxia, we proceeded to perform
IHC for the HIF1α subunit, which we expected to be positive,
as the effect of VHL loss of function mutations is HIF1α
chronic stabilization due to lack of proteasomal degradation.
Indeed, HIF1α was abundant in nearly all oncocytic cells
within the tumor mass compared to the normal tissue
(Figure 2(a)-2(b)), confirming this to be a neoplasm with
defective VHL. Nonetheless, HIF1α stabilization is usually
not a feature of benign oncocytomas, which prompted us to
investigate further how such a marker of malignancy may
have occurred in this case. Staining for HIF1α target car-
bonic anhydrase IX (CAIX), used as an endogenous marker
for tumor hypoxia in VHL-deficient renal cell carcinomas
[8], surprisingly revealed negative cells throughout the mass
(Figure 2(c)-2(d)). This result was also corroborated by the
negative staining for GLUT1 in the renal oncocytoma
(Figure 2(e)-2(f)), another well-known HIF1 target usually
found to be positive in cancer hypoxic regions. The negative
staining of both CAIX and GLUT1 was in apparent disagree-
ment with the positive HIF1α staining, and it suggested that
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HIF1α was retained in its hydroxylated status and therefore
lacking transcriptional activity.

3.3. Damage to the Mitochondrial Respiratory Chain May
Underlie the Oncocytic Phenotype. Regardless of its abun-
dance in the VHL tumor, a dysfunctional HIF1α was consis-
tent with the oncocytic phenotype and its benign nature. In
order to understand the cause for such lack of transcriptional
activity despite its nuclear accumulation, we performed
whole mitochondrial DNA sequencing with the aim to reveal
pathogenic mutations that may impede a proper HIF1α func-
tioning. The rationale for this approach was that mtDNA

mutations hampering the activity of the respiratory chain
trigger an imbalance of the NAD+/NADH ratio with con-
sequent slowdown of the Krebs cycle rate. The latter may
contribute to the accumulation of α-ketoglutarate, foster-
ing the activity of PHDs [9]. In VHL-competent cells,
PHDs would contribute to destabilize HIF1α, whereas in
our VHL-deficient case we hypothesized that HIF1α should
be still hyperhydroxylated, but not directed to the protea-
some for degradation.

The screening of the tumor for mtDNA genetic lesions
indeed revealed a stop-gain mutation in the MT-CO1 gene
(m.6129G>A) (Figure 3(a)-3(b)), encoding COXI, one
of the three mtDNA subunits for respiratory CIV. The
mutation was novel as it was not reported in the reference
human mtDNA database HmtDB, http://www.hmtdb.
uniba.it/hmdb/ [10], and it was strikingly homoplasmic.
IHC staining for COXI was indeed negative in cancer cells
(Figure 3(c)-3(d)), suggesting that CIV was not properly
assembled.

Hence, we stained the renal oncocytoma for the
hydroxylated form of HIF1α with the aim to understand
whether the HIF1α positivity we observed (Figure 2(a))
was indeed due to the inactive form of the transcription
factor, unable to be degraded in a VHL-deficient context.
Indeed, a marked positive staining compared to control
(Figure 3(e)-3(f)) indicated the accumulation of transcrip-
tionally inactive hydroxylated HIF1α.

4. Discussion

Very few cases of renal oncocytoma occurring in the con-
text of a VHL syndrome have been described [11, 12],
underlining the extremely low prevalence of this type of
benign neoplasm when VHL is mutated. This is likely
due to the fact that the functional trigger for tumorigen-
esis in the presence of VHL mutations is HIF1α chronic
stabilization, as loss of function mutations of the tumor
suppressor lead to a lack of HIF1α ubiquitination and
subsequent proteasome-mediated degradation. The latter,
nonetheless, depends on a functional mitochondrial respira-
tory chain, since a block of activity allows both intracellular
oxygen and NADH to accumulate, leading in turn to
increased levels of α-ketoglutarate, feeding the PHD reaction
[13]. In this clinical case, we detected a mtDNA mutation in
CIV, which may have well triggered oncocytic transforma-
tion through, possibly, a compensatory effect to overcome

(a) (b)

(c)

(e) (f)

(d)

HIF1�훼

CAIX

GLUT1

Figure 2: IHC analysis of HIF1α and its targets. (a, b) IHC for
HIF1α in the renal oncocytoma (a) with a QS of 12 (P = 4, I = 3)
and in a normal kidney used as control (b) with a QS of 1 (P = 1,
I = 1). (c, d) IHC for CAIX in the renal oncocytoma (c) with a QS
of 0 (P = 0, I = 0) and in a clear cell renal cell carcinoma used as
positive control (d) with a QS of 10 (P = 4, I = 2 5). (e, f) IHC of
GLUT1 in the renal oncocytoma (e) with a QS of 0 (P = 0, I = 1)
and in a hypoxic area of a neuroendocrine carcinoma of the ovary
used as positive control (f) with a QS of 12 (P = 4, I = 3).
Magnification for all IHC images: 200x.

(a) (b) (c)

H&E Complex V

Figure 1: H&E staining and IHC characterization of the renal oncocytoma from the patient carrying the germline VHL deletion. (a) H&E
staining of tumor tissue. (b, c) IHC for Complex V, subunit D in the renal oncocytoma (b) and in a normal kidney used as control (c),
both with a QS of 8 (P = 4, I = 2). Magnification for all IHC images: 200x.
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the bioenergetic deficit. Such a severe homoplasmic mutation
occurred in a bottleneck complex of the respiratory chain,
whose negative staining strongly suggests that a severe ener-
getic impairment may occur in these cells, hence explaining
the indolent nature of the oncocytic neoplasm.

Therefore, on one hand the derangement of the respira-
tory chain would promote HIF1α hydroxylation and, on
the other, the absence of VHL-mediated degradation would
allow accumulation of inactive HIF1α. Hydroxylation on
the HIF1α C-terminal activator domain impairs the interac-
tion between HIF1α and the CBP/p300 coactivators, abolish-
ing HIF1α transactivation activity [14]. Therefore, a severe
dysfunction of the respiratory chain here may have
favored the accumulation of high levels of hydroxylated
HIF1α as shown by IHC. The low-functional HIF1α would
not help to drive hypoxia response and to trigger the protu-
morigenic Warburg effect, as suggested by the negative CAIX
and GLUT1 staining, a mechanism previously reported also
as a result of respiratory Complex I disassembly and a dys-
functional cytochrome c [3, 15]. Along with a hampered
respiratory chain, this would further contribute to maintain-
ing the tumor in a low-proliferative and low-aggressive state
by slowing down HIF1-dependent glycolysis; it is plausible to
envision that this tumor may switch to the reductive carbox-
ylation of glutamine to thrive, a metabolic route activated in
the presence of severe mtDNA mutations [16]. Altogether,
our data point to mtDNA mutations as potent modifiers
of a cancer phenotype and fate. Further investigation of such
mechanisms is warranted as targeted pharmacological

derangement of the respiratory chain, i.e., through metfor-
min [17, 18], may be useful as an adjuvant treatment for
VHL tumors to dampen the effects of HIF1α chronic stabili-
zation and hence tumorigenic potential.
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Figure 3: Genetic and IHC characterization of the renal oncocytoma from the patient carrying the germline VHL deletion. (a, b)
Chromatograms showing a reference (a) and the tumor sequence with the somatic homoplasmic m.6129G>A stop-gain mutation found in
MT-CO1 (b). (c, d) IHC for COXI in the renal oncocytoma (c) with a QS of 0 (P = 0, I = 1) and in a normal kidney used as control (d)
with a QS of 12 (P = 4, I = 3). (e, f) IHC for hydroxylated HIF1α (OH-HIF1α) in the renal oncocytoma (e) with a QS of 8 (P = 4, I = 2)
and in the same hypoxic neuroendocrine carcinoma of the ovary stained for GLUT1 in Figure 2 used as control (f) with a QS of 0 (P = 0,
I = 1). Magnification for all IHC images: 200x.
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