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Tissue damage derived from tumors, traumatic events,
inflammatory diseases, or just aging causes life quality
impairment. Thus, tissue regeneration not only represents
the main goal of regenerative therapy but also is certainly
one of the greatest challenges of modern medicine.

Mesenchymal stem cells (MSCs) can be isolated from
different source tissues in the adult organism. MSCs can
differentiate in mature cells of different lineages; thus, if
opportunely targeted, they have the potential to regenerate
and heal the injured tissue. The scientific contributions
which are part of this special issue present and analyzed
these items both in the form of research articles and
reviews.

The bone marrow is still the gold standard tissue for
harvesting MSCs: different clonal cells were analyzed
showing heterogeneity; alkaline phosphatase assay could
indicate the precursor’s lineage (M. Elsafadi et al.). Dental
tissues also contain MSCs: in particular, the dental follicle
[1] and dental bud [2] are striking sources of cells which
readily differentiate into the osteoblastic lineage. Dental
pulp stem cells successfully undergo osteogenic differentia-
tion [3] and their reparative behavior could be increased
by platelet lysate supplementation (P. Marrazzo et al.).
For bone tissue regeneration and vascularized bone grafts,
both adipose tissue and periodontal ligament stem cells
could be differentiated into bone cells, and in particular,

adipose cells can be successfully cryopreserved for tissue
banking (I. Roato et al.).

A great challenge in regenerative therapy is the guidance
of wound healing. MSCs promote wound healing, and
human umbilical cord MSCs accelerate wound repair and
hair follicle regeneration via Wnt overexpression (L. Dong
et al.). Interestingly, as shown by X. Liu et al., overexpression
of semaphorin 3A in adipose-derived stem cells leads to a
phenotype switch toward the osteoblastic lineage by upregu-
lating the Wnt pathway as well. These studies on alternative
sources of MSCs highlight the importance of molecular
signals that might direct MSC fate and more specifically
guide them to form mineralized tissue [4].

To increase healing at bone fracture sites, several
approaches that stimulate physically the differentiation of
MSC have been developed. Pulsed electromagnetic fields
promote bone marrow MSCs osteogenic differentiation by
activating TGF-β signaling pathway and stimulating the
expression of microRNA21 (N. Selvamurugan et al.). Given
that natural composition and structure of the extracellular
environment has a profound impact on MSC osteogenic
differentiation [5], a variety of scaffolds and matrix-based
materials are used in dentistry and craniofacial surgery.
Combining both the priming MSC with stem cell chemical
modulators and the use of 3D printing-based materials
represents a successful strategy not only for the treatment

Hindawi
Stem Cells International
Volume 2017, Article ID 4532179, 2 pages
https://doi.org/10.1155/2017/4532179

https://doi.org/10.1155/2017/4532179


of cardiovascular disease but also for fostering revasculariza-
tion of grafts in a variety of tissues.
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Pulsed electromagnetic fields (PEMFs) have been documented to promote bone fracture healing in nonunions and increase lumbar
spinal fusion rates. However, the molecular mechanisms by which PEMF stimulates differentiation of human bonemarrow stromal
cells (hBMSCs) into osteoblasts are not well understood. In this study the PEMF effects on hBMSCs were studied by microarray
analysis. PEMF stimulation of hBMSCs’ cell numbers mainly affected genes of cell cycle regulation, cell structure, and growth
receptors or kinase pathways. In the differentiation and mineralization stages, PEMF regulated preosteoblast gene expression and
notably, the transforming growth factor-beta (TGF-𝛽) signaling pathway and microRNA 21 (miR21) were most highly regulated.
PEMF stimulated activation of Smad2 andmiR21-5p expression in differentiated osteoblasts, and TGF-𝛽 signaling was essential for
PEMF stimulation of alkaline phosphatase mRNA expression. Smad7, an antagonist of the TGF-𝛽 signaling pathway, was found
to be miR21-5p’s putative target gene and PEMF caused a decrease in Smad7 expression. Expression of Runx2 was increased by
PEMF treatment and the miR21-5p inhibitor prevented the PEMF stimulation of Runx2 expression in differentiating cells. Thus,
PEMF could mediate its effects on bone metabolism by activation of the TGF-𝛽 signaling pathway and stimulation of expression
of miR21-5p in hBMSCs.

1. Introduction

Abundant reports describe the effects of electricity on bone
growth and fracture repair, and a variety of pulsed elec-
tromagnetic field (PEMF) devices have been developed to
produce electromagnetic fields at the fracture site. These
widespread PEMF devices utilize noninvasive inductive cou-
pling and can be used along with every method of fracture
fixation [1, 2]. The stimulation of bone at the fracture site by
the introduction of electromagnetic fields may be similar to
the resulting stimulation from mechanical loading [1]. The
beneficial therapeutic effects of such selected low energy,
time varying PEMF promote fracture healing in nonunions
[3], increase lumbar spinal fusion rates [4, 5], and have

been found to affect bone metabolism by decreasing bone
resorption and increasing bone formation [6–8]. PEMFs
have also been reported to stimulate the synthesis of extra-
cellular matrix (ECM) proteins [9] and may also affect
several membrane receptors including those for parathyroid
hormone, low density lipoprotein, insulin-like growth factor-
2, insulin, and calcitonin [10]. Several growth factors such as
bone morphogenetic proteins 2 and 4 (BMP-2, BMP-4) and
transforming growth factor-beta (TGF-𝛽) have been reported
to be secreted from osteoblasts upon PEMF treatment [11]. It
has been shown that electromagnetic stimulation could raise
net Ca2+ flux in human osteoblast-like cells, and the increase
in the cytosolic Ca2+ concentration could initiate activation
of signaling pathways resulting in regulation of expression
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of bone matrix genes [12, 13]. Accelerated osteogenesis has
been found in bone marrow-derived mesenchymal stem
cells by PEMF treatment [14] and this promotion of ECM
deposition was more efficient compared with adipose-tissue
mesenchymal stem cells [15].

Previously we have reported that both BMP-2 and PEMF
(Spinal-Stim� by Orthofix, Inc., Lewisville, TX) separately
stimulated proliferation of rat primary calvarial osteoblastic
cells and stimulated expression of early osteoblast differ-
entiation genes in culture [7]. In this study, we investi-
gated the effects of PEMF (Cervical-Stim� by Orthofix,
Inc., Lewisville, TX) on human bone marrow stromal cells
(hBMSCs) proliferating and differentiated to osteoblastic
cells. In addition, the underlying molecular mechanisms
by which PEMF stimulates differentiation of hBMSCs into
osteoblasts are not well understood. Thus, we also aimed to
investigate the PEMF effects on proliferation, differentiation,
and mineralization of hBMSCs by Affymetrix microarray
analysis. The TGF-𝛽 signaling pathway and microRNA 21
(miR21) were most highly regulated by PEMF. Thus, in this
study we systematically investigated the mechanism of action
of PEMF effects on osteogenesis via TGF-𝛽 and miR21 using
hBMSCs.

2. Materials and Methods

2.1. Cell Culture. Fresh human bone marrows from 21–68-
year-old women were used. These were either purchased
from Lonza (Walkersville, MD) or left over tissue from
surgical procedures at New York University Hospital for Joint
Diseases. Since these were deidentified, this is not considered
Human Subjects Research by theNewYorkUniversity School
of Medicine Institutional Review Board. In both cases, the
bone marrows were freshly collected, never frozen, and
immediately diluted 1 : 1 in Hank’s Balanced Salt Solution
(HBSS; GIBCO Laboratories, Grand Island, NY) containing
20 IU/mL of sodium heparin (Sigma Chemical Co., St. Louis,
MO). The diluted bone marrow was layered over an equal
volume of Ficoll-Paque Plus (GE Healthcare, Piscataway, NJ)
and centrifuged at 400𝑔 for 40min at 18∘C.Themononuclear
cells at the interface layer were collected, washed three times
with HBSS, resuspended and seeded into a tissue culture
flask, and incubated at 37∘C in the presence of 5% CO

2

overnight. The next day, nonadherent cells were removed
from the culture flask. Adherent cells (BMSCs) were grown to
confluence then placed in 6-well plates at 6.4 × 104 cells/well
for exposure to PEMF or control. All cells were incubated
at 37∘C in the presence of 5% CO

2
. The medium used for

culturing these cells was 𝛼-MEM (Corning, Tewksbury, MA)
containing 15% fetal bovine serum (FBS; GIBCO, Grand
Island, NY) and Penicillin-Streptomycin (GIBCO, Grand
Island, NY).

2.2. PEMF Exposure. The PEMF was generated as previously
described [7] but was set to have similar waveform character-
istics to a commercial, clinically approved proprietary device
(Cervical-Stim by Orthofix Inc., Lewisville, TX). Cervical-
Stim is the only device approved by the FDA for cervical
fusion use and has been reported to be safe and effective [16].

The specific differences from our previous publication [7]
were a burst frequency of 15Hz and a burst period of 67ms.
The inducedmagnetic field was vertical relative to the surface
of the plates. The PEMF waveform was routinely checked for
its consistency using a field probe and oscilloscope. The first
PEMF exposure was initiated 24 h after seeding cells in wells
(day 1) and continued through the entire experiment. Control
plates were placed in an identical incubator on Plexiglas
shelves. The CO

2
concentration, humidity, and temperature

of the control and treatment incubators (upper and lower
chambers of the same double incubator) were identical and
were not affected by the PEMF.

2.3. Cell Number. Cells were grown in normal growth
medium and were trypsinized, resuspended, and counted
using a hemocytometer when they reached 70–80% conflu-
ence on day 10 or 20 of culture, respectively, for the BMSCs
from the younger (21–30) women versus those from the
31–65-year-old women.

2.4. Osteoblast Differentiation. Human BMSCs were seeded
at 6.4 × 104 cells/well in 6-well cell culture plates and cultured
for 10 days or 20 days in normal cell culture medium
(𝛼MEM + 15% FBS + 1% Penn/Strep) before they reached
confluence. They were then cultured for an additional 13
(differentiation) or 23 (mineralization) days in osteogenic
medium [normal growthmedium supplemented with 10−4M
L-ascorbic acid, 10−8M dexamethasone, and 1.80mM potas-
sium phosphate monobasic (Sigma, St. Louis, MO)]. The
medium was changed three times/week.

2.5. Von Kossa Staining. For Von Kossa staining, 6 replicates
of BMSCs were treated with PEMF or control daily from day
1 of culture. On day 23, 33, or 43, the cells were fixed with
95% ethanol for 15min at 37∘C, then rinsed and rehydrated
through 80%, 50%, and 20% ethanol and then water, and
incubated with 5% silver nitrate solution for 1 h at 37∘C.
The cells were rinsed with water, exposed to UV light for
10min, and photographed. Von Kossa staining was analyzed
by computer based morphometry (ImageJ: NIH, Bethesda,
Maryland).

2.6. Extracellular Regulated Kinases Activation and Western
Blot Analyses. Human BMSCs treated with control or PEMF
for 5 and 10 days in the proliferation phase were washed with
cold phosphate buffered saline (PBS) and lysed in Cell Lysis
Buffer (Invitrogen, Grand Island, NY) containing protease
and phosphatase inhibitor cocktails (Sigma). Cell lysates
were centrifuged at 10,000 rpm for 10 minutes at 4∘C and
supernatants were saved and used for Western blot analysis.
Twenty 𝜇g of total cell protein was loaded per well and
separated on 4–15% Mini-Protean TGX precast gels (Bio-
Rad, Hercules, CA), followed by transferring to nitrocellu-
lose membranes (Bio-Rad, Hercules, CA). The membranes
were blocked and incubated with primary rabbit antibodies
(Phospho-p44/42 MAPK (Erk1/2) (Thr202/Tyr204), p44/42
MAPK (Erk1/2) (137F5), or Cdk2 (sc-163; Cyclin dependent
kinase 2, loading control)) overnight at 4∘C.The membranes
were then probed with secondary antibody conjugated with
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Table 1: Primers used in this study.

Gene name Forward primer (5 > 3) Reverse primer (5 > 3)
ALP TGGACGGCCTGGACCTCGTT AGGGTCAGGAGTTCCGTGCG
COL1A1 GGAGGCACGCGGAGTGTGAG CCTCTTGGCCGTGCGTCAGG
Osteocalcin GAGCCCCAGTCCCCTACCCG GACACCCTAGACCGGGCCGT
FOSB GCGCCGGGAACGAAATAAAC TTCGTAGGGGATCTTGCAGC
LEPR GTGGGGCTATTGGACTGACT CTTTGAGAGTCCAGCAGGCA
TBRG1 GCTAGATTCCTAGAGGCCCG GGCATCGGATCCTAAGTCGG
FBN2 CTTTAGGCCGGTTATGCAACG AATAAGCCCTTCGTCGGCTC
SOX11 TTGGAAGCGGAGAGCAACCT TGCGTTCGATCTTGGACCAT
CTNNA1 GGCAGCCAAAAGACAACAGG GGCCTTATAGGCTGCGACAT
AKT3 CTCTATTATTTGGGCTGAGTCATCA CCCCTCTTCTGAACCCAACC
CXCL12 GACAAGTGTGCATTGACCCG TGTAAGGGTTCCTCAGGCGT
THBS1 CCTCTACTCCGGACGCAC GCCCCGGTGAGTTCAAAGAT
COL5A1 CGGGGACTATGACTACGTGC CTCCAAGTCATCCGCACCTT
GPC4 CAGAGGTCCAGGTTGACACC TCGGCTTTCTCATTGGCACT
MMP16 TGCGGAACGGAGCAGTATTT TGTGCTTGTGCTGCCATTTC
TGFB2 CCCCGGAGGTGATTTCCATC AACTGGGCAGACAGTTTCGG
CDH11 CCCAGTACACGTTGATGGCT ACGTTCCCACATTGGACCTC
SPP1 GCCTCCTAGGCATCACCTG CTTACTTGGAAGGGTCTGTGGG
IL8 GGTGCAGTTTTGCCAAGGAG TTCCTTGGGGTCCAGACAGA
RPL13A AAGTACCAGGCAGTGACAG CCTGTTTCCGTAGCCTCATG
hsa-miR-21-5p UAGCUUAUCAGACUGAUGUUGA

horseradish peroxidase. Finally, the bands were visualized by
adding Super SignalWest Dura Extended Duration Substrate
(Thermo Scientific, Pittsburgh, PA) according to the manu-
facturer’s instructions. The primary antibodies to total ERKs
and phosphorylated ERKs were obtained from Cell Signaling
Technology (Danvers, MA), while the antibody to Cdk2 was
obtained from Santa Cruz Biotechnology, Inc. (Dallas, TX).
The secondary antibody (goat-anti-rabbit) conjugated with
horseradish peroxidase (HRP) was obtained from Santa Cruz
Biotechnology. Results were captured and quantitated by
ChemiDoc XRS+ software (Bio-Rad, Hercules, CA). Both the
Phospho-ERK1/2 and total ERK 1/2 were normalized to Cdk2
and then expressed as a percent of the values obtained in
untreated control cells.

2.7. Microarray Assays. Human BMSCs of a 27-year-old
healthy female donor were used for microarray experiments.
Only hBMSCs expanded from the second to sixth passages
were used for the experiments. PEMF treatment (Cervical-
Stim) was initiated 24 h after hBMSCs were seeded, with
4 h daily exposure every day throughout the experimental
period. Quadruplicate cell samples from both PEMF-treated
and control groups were collected simultaneously at time
points of hBMSCproliferation, osteoblast differentiation, and
mineralization phases. Total RNA was isolated from cells by
using TRIzol reagent (Thermo Scientific, Pittsburgh, PA) and
then purified with RNeasy mini kit from Qiagen (Valencia,
CA). Prior to microarray analysis, the RNA integrity was
assessed by Agilent 2100 Bioanalyzer (Santa Clara, CA)
and the best quality triplicate samples were chosen for the
subsequent analyses. Microarrays and data analyses with

Affymetrix Human U133 plus 2.0 Gene Chips (Santa Clara,
CA) were performed at University of Medicine and Dentistry
of New Jersey Genome Center according to the manufac-
turer’s instructions. In the case of gene expression where
it was significantly found to be above 1.5-fold after PEMF
treatment, gene ontology analysis was carried out by DAVID
Bioinformatics Resources 6.7 software (NIAID, NIH).

2.8. Real-Time RT-PCR. Total RNA was isolated from cells
using the total RNA isolation kit fromQiagen (Valencia, CA).
For determination of expression of genes other than miR21-
5p, 100 ng of total RNA from each sample was used for cDNA
synthesis using TaqMan Reverse Transcription Reagents
(Roche, Indianapolis, IN). Quantitative (q)PCR reactions
were performed according to the real-time thermocycler
machine (Realplex) manufacturer’s instructions (Eppendorf,
Hauppauge,NY), which allowed real-time quantitative detec-
tion of the PCR products by measuring the increase in
SYBR green fluorescence caused by binding of SYBR green
to double-stranded DNA.The Power SYBR greenmaster mix
kit for PCR reactions was purchased from Invitrogen. The
qPCR was performed in triplicate with reaction conditions
of 95∘C, 10min, 1 cycle; 95∘C, 15 sec; and 58.5∘C, 1min, for
40 cycles. Gene expression was analyzed with threshold cycle
(CT) values averaged from triplicate samples and normalized
to their CT values of housekeeping gene RPL13A. Primers
were designed byNCBI primer Blast software. Table 1 lists the
human-specific primers used for PCR amplification.

For miR21-5p and snoR10-1, the reagents and primer
sets for RT-qPCR were purchased from Qiagen. One ug
of total RNA was reverse-transcribed into cDNA using the
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Figure 1: Effect of PEMF on hBMSC preosteoblastic cell number. (a) Human preosteoblasts derived from bone marrow stromal cells of
21–36-year-old women were treated with PEMF for 10 days; cells from 58-, 59-, and 65-year-old women were treated with PEMF for 20 days.
Cell number/well was calculated using a hemocytometer (𝑛 = 3–6 wells). (b) Aggregation of the data into the two age groups, 𝑛 = 5-6. The
statistical 𝑝 value for the younger versus older samples is shown using Student’s 𝑡-test analysis.

miScript II kit with miScript HiSpec Buffer according to
the manufacturer’s instructions. The cDNA was then diluted
10 times and utilized as a template to amplify miR21-5p
and snoR10-1 with the miScript SYBR Green PCR kit using
the appropriate primers. snoR10-1 was used as normalizing
gene control. The qPCR was performed in triplicate with
reaction conditions of 95∘C 15min for Taq DNA polymerase
activation, 94∘C 15 sec denaturation, 55∘C 30 sec annealing,
and 70∘C 30 sec extension for 40 cycles. Gene expression
results of miR21-5p from either control or PEMF-treated
groups were normalized to their relative snoR10-1 results.

2.9. TGF-𝛽 Signaling. Human BMSCs were cultured and
treated with control or PEMF as described above. For
TGF-𝛽 and BMP signaling assays, osteoblasts were treated
with PEMF at days 23 and 33 and were also treated with
TGF-𝛽2 (R&D System, Minneapolis, MN) as a positive
control for the TGF-𝛽 pathway. The day before assay,
the cells were starved overnight (0.1% FBS medium) to
reduce endogenous signaling activity. At day 23 at the
same time as PEMF exposure started, 5 ng/mL TGF-𝛽2
was added to the medium of positive control wells. Cell
lysates from different groups were collected at 0, 2, and
4 h time points after treatment to examine Smad2, Smad3,
and Smad1/5/8 protein phosphorylation by Western blot
analysis as described above. Phospho-Smad2 (Ser465/467,
138D4)/Smad2 (D43B4), phospho-Smad3 (Ser423/425,
C25A9)/Smad3 (C67H9), and phospho-Smad1/5/8/Smad1/5
antibodies were obtained from Cell Signaling Technology
(Danvers, MA). In TGF-𝛽 neutralization experiments,
30 ug/mL normal rabbit IgG or TGF-𝛽 pan antibody (R&D
System, Minneapolis, MN) was added to osteogenic medium
during the entire differentiation period. At day 23, two
non-PEMF-treated cell groups were also included with
5 ng/mL of TGF-𝛽2 as positive controls. After 2 h of PEMF
exposure, all sample groups were collected for Western blots
and RT-qPCR assays.

2.10. Transient Transfection. Cells were seeded in growth
medium in 6-well plates at a density of 105 cells/well on the
day before the transfection. miR-21 is now referred as miR-
21-5p, based on the latest miRBase release (V.21). miR21-5p
inhibitor (Applied Biosystems: 4464084) designed to bind
with endogenous miR21, when introduced into cells, inhibits
its activities.miR21-5pmimic (Applied Biosystems: 4464066)
was designed to be similar to that of endogenous miR21.
A negative control miRNA (Applied Biosystems: 4464076)
was included in the study. The X-treme Gene transfection
reagent obtained from Roche, USA, was mixed with 50 nM
of negative controlmiRNA,miR21mimic, ormiR21 inhibitor,
and transient transfection was carried out [17] for 3 or 6 days
along with PEMF treatment every day for 4 h.

2.11. Statistical Analysis. Statistical analysis was done by
one-way ANOVA, Student’s 𝑡-test, or Wilcoxon Ranking.
Significant difference is 𝑝 < 0.05. All data are shown as mean
± standard deviation with 𝑛 as indicated.

3. Results

3.1. PEMF Effects on Proliferation and Differentiation of
Human BMSCs from Subjects of Different Ages. We previ-
ously reported that PEMF generated by Spinal-Stim stimu-
lated cell proliferation and expression of early differentiation
marker genes in rat primary calvarial osteoblastic cultures
[7]. In the present study we used PEMF (Cervical-Stim) to
determine its effect on osteoblasts using human bonemarrow
cells. PEMF significantly stimulated the cell number of pre-
osteoblasts from BMSCs of young women (21–30 years old)
while not stimulating those of BMSCs from 31–65-year-old
women (Figures 1(a) and 1(b)). It should also be noted that the
hBMSCs from aged individuals (58, 59, and 65 years old) also
required much longer time (20 days) to approach a similar
cell culture density to those from the younger women. Since
PEMF had an effect on preosteoblastic cell number from
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Figure 2: Effect of PEMF on ERK activation. Human BMSCs from two different 24-year-old women and a 27-year-old womanwere subjected
to 4 h daily PEMF treatment for either 4 days or 9 days. On the 5th (a) or 10th day (c), their cells were treated with PEMF for different time
periods as indicated and whole cell lysates were obtained and subjected to Western blot analyses; cells from a 24-year-old woman are shown
as an example. ((b) day 5, (d) day 10) The quantitation of activated or phosphorylated ERKs for cells from 2 separate 24-year-old women
and a 27-year-old woman was determined by normalization of phosphorylated ERKs to total ERKs after normalization to Cdk2 as a loading
control and expressed as a percent of untreated control cells. The results are shown for the cells of the 3 individuals. ∗ indicates significant
increase compared to control. # indicates significant increase compared to 0 times of PEMF on the 5th day. The p value ≤ 0.05 is considered
as significant using one-way ANOVA.

the younger women and cell proliferation involves activation
of intracellular signaling pathways, especially extracellular
regulated kinases (ERKs), we determined activation of these
enzymes by PEMF. As shown in Figure 2(a), PEMF increased
ERK activation (phosphorylation) after 15min on day 5 in
BMSCs from a 24-year-old woman. A similar effect was also
found in hBMSCs from other younger female subjects (24-
and 27-year-old women’s cells) and the quantitative analysis
of ERK activation (phosphorylated ERKs) from the three
individuals after normalization to total ERKs confirmed the
above result (Figure 2(b)).There was no significant activation
of ERKs from any of these cells on the 10th day of PEMF
treatment (Figures 2(c) and 2(d)).

To determine the role played by PEMF in osteoblast
differentiation and mineralization of hBMSCs, experiments
were carried out at molecular and cellular levels. At
the molecular level, the mRNA expression of alkaline

phosphatase (ALP), type I collagen (COL1A1), and osteo-
calcin (OC), which are known osteoblast differentiation
and mineralization marker genes, was determined using
qRT-PCR analysis. PEMF significantly increased mRNA
expression of ALP and Col1 but not OC in BMSCs that had
been allowed to proliferate, differentiate, and mineralize
(Figure 3(a)). We next determined the effect of PEMF on
mineralization in BMSCs by Von Kossa staining (Figures
3(b) and 3(c)). PEMF significantly stimulated mineralization
of BMSCs in the mineralization phase and did not in the
differentiation phase.

3.2. PEMF Regulation of Genes during hBMSC Proliferation
by Microarray Analysis. A sample from a young individual
was used for microarray analyses because PEMF significantly
enhanced cell growth for young individuals compared to old
individuals as shown in Figure 1. For assessment of the effect
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Figure 3: Effect of PEMF on expression of osteoblastic marker genes and mineralization in hBMSCs. Differentiating preosteoblasts from
24–68-year-old women were grown in the presence of osteoblast differentiation medium after confluence was reached and were treated with
PEMF for 33 days or 43 days (59–68-year-old samples) of culture. (a) Total RNAwas isolated and subjected to qRT-PCR using specific primers
for human ALP, type I collagen, OC, and RPL13A. 𝑛 = 9. (b) Cells were then subjected to Von Kossa staining and the mineralized calcium
deposits were quantified. 𝑛 = 9. Statistical analyses were conducted using Wilcoxon signed rank test. The 𝑝 value ≤ 0.05 is considered as
significant compared with the controls. (c) An example of Von Kossa staining and mineralized calcium deposits for hBMSCs of a 24-year-old
female after 33 days of osteogenic culture in the presence or absence of daily Cervical-Stim PEMF.

of PEMF on gene expression during hBMSC proliferation,
on the 5th day of PEMF treatment 2 h after initiating the
PEMF signal (pilot studies had shown significant PEMF
stimulation of Cyclin gene expression at this time and day,
data not shown), total RNA was isolated and used for the
subsequent test with Affymetrix Human U133 plus 2.0 Gene
Chips. After identifying significantly regulated genes, gene
ontology analyses were performed by DAVID Bioinformatics
Resources 6.7 software. The results indicated that PEMF
stimulation of proliferating hBMSCs mainly affected genes
of cell cycle regulation, cell structure, extracellular matrix
(ECM), and some growth receptors or kinase pathways.There
were a total of 114 known genes upregulated and 17 known
genes downregulated at this time point (partially listed in
Table 2). We have also included the decrease in fibrillin
2, even though it was not −1.5-fold, since this sequesters
members of the TGF-𝛽 family and is the subject of our later
research in this report.

3.3. PEMF Regulation of Genes in Differentiated and Mineral-
ized hBMSCs by Microarray Analysis. In the differentiation
(day 23) and mineralization stages (day 33) after daily 4 h

PEMF treatment, a total of 37 (partially listed in Table 3)
and 173 (partially listed in Table 4) known genes, respec-
tively, were identified as significantly regulated. In these two
stages, PEMF regulated preosteoblast gene expression and
most genes were downregulated including transcriptional
regulators,metabolism, proteases, and regulators and also cell
adhesion and binding proteins and cytoskeletal and struc-
tural proteins. Changes in gene transcription of candidate
genes chosen from microarray analyses were verified and
confirmed by RT-qPCR onRNA fromdifferentiated hBMSCs
from3 females, aged 24, 27, and 31 years (Table 5).Notably, the
TGF-𝛽 signaling pathway seems to be most highly regulated
by PEMF. In particular, RT-qPCR showed that fibrillin 2
(FBN2) was significantly decreased in expression by 65 ±
14%, while TGF-𝛽2 mRNA significantly increased to 155 ±
44% and TGF-𝛽 regulator 1 (TBRG1) mRNA significantly
increased to 143 ± 23%, relative to controls. In contrast, in
mineralizing cells (Table 6), there was no decrease in FBN2
expression and a lesser significant increase in TGF-𝛽2. It
appears that PEMF stimulated a number of components
of the TGF-𝛽 pathway in differentiating and mineralizing
osteoblasts. It is notable that no components of the BMP
pathway were seen to be regulated.
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Table 2: Genes regulated by PEMF during hBMSCs proliferation by microarray analysis. Cells were from a normal 27-year-old female. Total
RNA was isolated at day 5 after 2 h of PEMF treatment and used for microarray assays as described in Materials and Methods. Analysis by
Student’s 𝑡-test.

Gene symbol Gene title
Fold-change

(Avg PEMF versus avg
controls)

p

Cell adhesion and binding and cytoskeletal and structural proteins
MMP1 Matrix metallopeptidase 1 (interstitial collagenase) 4.57 2.16𝐸 − 03

PRC1 Protein regulator of cytokinesis 1 3.22 4.34𝐸 − 04

CCBE1 Collagen and calcium binding EGF domains 1 2.97 1.32𝐸 − 04

CLDN1 Claudin 1 2.71 2.26𝐸 − 04

CENPK Centromere protein K 2.40 5.36𝐸 − 03

GAS2L3 Growth arrest-specific 2 like 3 2.39 4.74𝐸 − 03

CLDN11 Claudin 11 2.31 5.59𝐸 − 04

NUSAP1 Nucleolar and spindle associated protein 1 2.16 5.04𝐸 − 03

COL15A1 Collagen, type XV, alpha 1 2.12 1.64𝐸 − 04

HAPLN1 Hyaluronan and proteoglycan link protein 1 2.03 1.37𝐸 − 04

IBSP Integrin-binding sialoprotein 1.97 2.17𝐸 − 03

FBN2 Fibrillin 2 −1.12 1.98𝐸 − 02

COL14A1 Collagen, type XIV, alpha 1 −2.30 1.56𝐸 − 02

MMP12 Matrix metallopeptidase 12 (macrophage elastase) −3.27 1.19𝐸 − 04

MGP Matrix Gla protein −3.98 2.80𝐸 − 06

p53 signaling pathway, apoptosis, and survival antiapoptotic TNFs/NF-kB/IAP pathway
BIRC5 Baculoviral IAP repeat containing 5 3.30 3.60𝐸 − 06

GTSE1 G-2 and S-phase expressed 1 2.48 1.02𝐸 − 03

SESN3 sestrin 3 −2.47 3.72𝐸 − 07

Cell cycle role of APC (anaphase-promoting complex) in cell cycle regulation, cell cycle/checkpoint control
CDK1 Cyclin-dependent kinase 1 5.07 1.01𝐸 − 03

CDC20 Cell division cycle 20 homolog (S. cerevisiae) 3.00 3.32𝐸 − 04

CCNB2 Cyclin B2 2.41 1.83𝐸 − 03

NDC80 NDC80 kinetochore complex component homolog (S. cerevisiae) 2.38 7.59𝐸 − 04

TYMS Thymidylate synthetase 2.36 9.43𝐸 − 05

CCNB1 Cyclin B1 2.35 2.17𝐸 − 03

NEK2 NIMA- (never in mitosis gene a-) related kinase 2 2.12 2.19𝐸 − 02

CCNA2 Cyclin A2 1.95 6.42𝐸 − 03

TTK TTK protein kinase 1.95 1.77𝐸 − 02

Akt signaling
CCL2 Chemokine (C-C motif) ligand 2 2.83 6.76𝐸 − 05

CSF2RB Colony stimulating factor 2 receptor, beta, low-affinity 2.31 2.04𝐸 − 03

Other receptor, kinase, and regulator
CDKN3 Cyclin-dependent kinase inhibitor 3 2.45 2.32𝐸 − 04

PDGFRA Platelet-derived growth factor receptor, alpha polypeptide 2.26 2.52𝐸 − 05

CTSC Cathepsin C 2.14 5.32𝐸 − 04

LEPR Leptin receptor −2.19 1.46𝐸 − 04

FGFR2 Fibroblast growth factor receptor 2 −2.04 8.83𝐸 − 05

3.4. PEMF Activation of TGF-𝛽 Signaling via Smad2 in
Differentiated and Mineralizing Osteoblasts. To validate the
PEMF effect on activation of the TGF-𝛽 signaling pathway,
hBMSCs were subjected to differentiation (day 23) and
mineralization (day 33) as described. During differentiation

and mineralization, the cells were continuously treated with
PEMF for 4 h each day. At days 23 and 33, cells were subjected
to control, TGF-𝛽2, or PEMF treatments for 0, 2, and 4 h.
TGF-𝛽2 was used as a positive control for activation of TGF-
𝛽 signaling. Whole cell lysates were prepared and subjected



8 Stem Cells International

Table 3: Genes regulated by PEMF in differentiating hBMSCs. Cells were from a normal 27-year-old female. Total RNA was isolated at day
23 of PEMF treatment. Analysis by Student’s t-test.

Gene symbol Gene title
Fold-change

(Avg PEMF versus avg
controls)

p

Transcriptional regulator, RNA metabolism, and RNA transport
SPEN Spen homolog, transcriptional regulator (Drosophila) −1.74 2.68𝐸 − 02

FOXO3, FOXO3B Forkhead box O3; forkhead box O3B pseudogene −1.87 3.04𝐸 − 02

MIR21 MicroRNA 21 1.61 2.92𝐸 − 02

Metabolic process
AKT3 v-akt murine thymoma viral oncogene homolog 3 −1.58 2.39𝐸 − 02

Growth factor and regulator
TBRG1 Transforming growth factor beta regulator 1 1.72 9.85𝐸 − 03

Receptor
LEPR Leptin receptor 1.55 5.20𝐸 − 03

Cell adhesion, motility, and cytoskeletal
ARPC5 Actin related protein 2/3 complex, subunit 5, 16 kDa 1.50 1.93𝐸 − 02

FBN2 Fibrillin 2 −1.45 1.47𝐸 − 02

Signaling transduction, pathway
THBS1 Thrombospondin 1 −1.24 1.33𝐸 − 02
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Figure 4: PEMF resulted in activation of the TGF-𝛽 signaling pathway in human osteoblastic cells during differentiation andmineralization.
(a) Whole cell lysates after PEMF treatment of hBMSCs of a 24-year-old female at day 23 (differentiation) and (b) at day 33 (mineralization)
were subjected to Western blot analysis using the antibodies as indicated for Smad2 and Cdk2. TGF-𝛽2 (5 ng/mL) was added to control
(non-PEMF-treated) cells on days 23 and 33 as positive controls. (c) The pan-TGF-𝛽 neutralizing antibody (30 ug/mL) was added to the
osteogenic medium of hBMSCs from a 24-year-old female during the entire differentiation period and lysates were prepared on day 23 of
PEMF treatment, 2 h after PEMF was started or TGF-𝛽2 was added and subjected to Western blot analysis. TGF-𝛽2 (5 ng/mL) was added to
control (non-PEMF-treated) cells on day 23 as a positive control. Cdk2 was used as loading control. (d) The same lysates were subjected to
Western blot analysis for phosphorylation of Smad1/5/8 as indicated.

to Western blot analyses using the antibodies for phosphory-
lated and total Smad2.The results show that PEMF stimulated
activation of Smad2 by increased phosphorylation at day 23
in differentiated osteoblasts (Figure 4(a)) and less at day 33
in mineralizing osteoblasts (Figure 4(b)). To determine the
specificity of activation of the TGF-𝛽 signaling by PEMF,
osteoblasts were pretreated with pan-TGF-𝛽 antibody before

PEMF treatment.The results show that the PEMF-stimulated
Smad2 activation in differentiated osteoblasts (day 23) was
blockedwhen cells were pretreatedwith pan-TGF-𝛽 antibody
(Figure 4(c)). Since a recent paper has described a different
PEMF signal as acting through the BMP pathway on rat
calvarial osteoblasts [18], we examined whether Smad1/5/8
was phosphorylated in response to the Cervical-Stim signal
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Table 4: Genes regulated by PEMF in mineralizing hBMSCs. Cells were from a normal 27-year-old female. Total RNA was isolated at day 33
of PEMF treatment. Analysis by Student’s t-test.

Gene symbol Gene title
Fold-change

(Avg PEMF versus avg
controls)

p

Cell adhesion, motility, and cytoskeletal
COL1A2 Collagen, type I, alpha 2 −1.60 1.81𝐸 − 02

COL3A1 Collagen, type III, alpha 1 −1.61 9.49𝐸 − 03

FN1 Fibronectin 1 −1.93 2.31𝐸 − 04

FBN2 Fibrillin 2 1.38 2.49𝐸 − 02

VIM Vimentin −1.67 1.39𝐸 − 02

Transcriptional regulator, RNA metabolism, and RNA transport
MIR21 MicroRNA 21 −2.16 1.28𝐸 − 02

HNRNPA1 LOC728844 Heterogeneous nuclear ribonucleoprotein −1.91 1.41𝐸 − 02

Cell cycle, cell growth, and apoptosis
CCNL1 Cyclin L1 −1.79 1.65𝐸 − 03

CCNL2 Cyclin L2 −2.07 3.18𝐸 − 03

Hormone, growth factor, and cytokine
CXCL12 Chemokine (CXCmotif) ligand 12 stromal cell-derived factor 1 1.60 3.83𝐸 − 03

IL15 Interleukin 15 −1.55 4.70𝐸 − 03

IL8 Interleukin 8 −2.00 3.71𝐸 − 02

TBRG1 Transforming growth factor beta regulator 1 −2.35 8.96𝐸 − 03

TGFB2 Transforming growth factor, beta 2 1.39 2.75𝐸 − 02

Metabolic process
INSIG1 Insulin induced gene 1 1.52 2.36𝐸 − 02

Signaling transduction, pathway

DAB2 Disabled homolog 2, mitogen-responsive phosphoprotein
(Drosophila) −1.62 3.65𝐸 − 02

THBS1 thrombospondin 1 1.52 3.67𝐸 − 03

TIFA TRAF-interacting protein with forkhead-associated domain −1.51 3.02𝐸 − 03

Protease and regulator
SERPINE1 Serpin peptidase inhibitor, clade E member 1 −2.04 2.81𝐸 − 03

BAG2 BCL2-associated athanogene 2 −1.61 1.14𝐸 − 03

Table 5: Real-time RT-PCR of three different female donor samples’ hBMSCs, aged 24, 27, and 31 years in the differentiation stage. Analysis
by Student’s t-test.

Gene symbol Gene title Average PEMF/control % p
COL1A1 Collagen, type I, alpha 1 133 ± 24% 3.90𝐸 − 02

COL5A1 Collagen, type V, alpha 1 136 ± 25% 3.44𝐸 − 02

CTNNA1 Catenin (cadherin-associated protein), alpha 1, 102 kDa 124 ± 3% 8.27𝐸 − 05

FOSB FBJ murine osteosarcoma viral oncogene homolog B 127 ± 33% 1.11𝐸 − 01

SOX11 SRY- (sex determining region Y-) box 11 138 ± 24% 2.59𝐸 − 02

SPP1 Secreted phosphoprotein 1 131 ± 41% 1.31𝐸 − 01

TGFB2 Transforming growth factor, beta 2 155 ± 44% 4.87𝐸 − 02

TBRG1 Transforming growth factor beta regulator 1 143 ± 23% 1.65𝐸 − 02

AKT3 v-akt murine thymoma viral oncogene homolog 3
(protein kinase B, gamma) 74 ± 15% 2.06𝐸 − 02

FBN2 Fibrillin 2 35 ± 14% 7.38𝐸 − 04

IL8 Interleukin 8 56 ± 35% 4.87𝐸 − 02
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Table 6: Real-time RT-PCR analysis of three different female donor samples’ hBMSCs, aged 24, 27, and 31 years in the mineralization stage.
Analysis by Student’s 𝑡-test.

Gene symbol Gene title Average PEMF/control % p
CDH11 Cadherin 11, type 2, OB-cadherin (osteoblast) 130 ± 36% 1.10𝐸 − 01

COL1A1 Collagen, type I, alpha 1 144 ± 47% 9.20𝐸 − 02

CXCL12 Chemokine (C-X-C motif) ligand 12 146 ± 20% 8.48𝐸 − 03

FBN2 Fibrillin 2 149 ± 54% 9.82𝐸 − 02

FOSB FBJ murine osteosarcoma viral oncogene homolog B 165 ± 27% 6.97𝐸 − 03

GPC4 Glypican 4 128 ± 25% 6.23𝐸 − 02

IL8 Interleukin 8 162 ± 68% 9.49𝐸 − 02

LEPR Leptin receptor 130 ± 19% 2.53𝐸 − 02

MMP16 Matrix metallopeptidase 16 (membrane-inserted) 135 ± 68% 2.07𝐸 − 01

SOX11 SRY- (sex determining region Y-) box 11 137 ± 37% 7.60𝐸 − 02

SPP1 Secreted phosphoprotein 1 132 ± 52% 1.74𝐸 − 01

TGFB2 Transforming growth factor, beta 2 128 ± 21% 3.99𝐸 − 02

TBRG1 Transforming growth factor beta regulator 1 113 ± 14% 9.71𝐸 − 02

THBS1 Thrombospondin 1 142 ± 58% 1.37𝐸 − 01
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Figure 5: PEMF resulted in stimulation of expression of osteoblast differentiation marker genes via the TGF-𝛽 signaling pathway.
Differentiated human osteoblasts derived from hBMSCs from a 30-year-old female were used. Total RNA was isolated after incubation with
IgG or pan-TGF-𝛽 antibody (Pan-Anti) and treatment with control (Ctr) or PEMF and subjected to RT-qPCR using the primers for (a) ALP
and (b) collagen 1A1 genes. RPL13 was used to normalize gene expression. 𝑛 = 3. ∗ indicates significant increase compared with control IgG.
# indicates significant decrease compared to all groups with ALP mRNA expression; ## indicates significant decrease compared to control or
PEMF treatment with IgG incubation with collagen 1A1 mRNA expression; analysis by one-way ANOVA.

in hBMSCs (Figure 4(d)). We were unable to observe any
stimulation of this pathway, in contrast to the activation of
the Smad2 pathway, even though the strong positive control,
TGF-𝛽2, slightly stimulated Smad1/5/8 phosphorylation, as
has been observed by others [19, 20].

3.5. PEMF Stimulates Osteoblast Marker Gene Expression by
Activation of the TGF-𝛽 Signaling Pathway. To determine
if TGF-𝛽 signaling is responsible for the PEMF effect on
expression of osteoblast differentiation marker genes such
as ALP and type I collagen, this pathway was inhibited and
RNA collected from differentiated osteoblasts at day 23 and
subjected to RT-qPCR analysis. We found that PEMF sig-
nificantly stimulated mRNA expression of ALP (Figure 5(a))
and type I collagen (Figure 5(b)) in differentiated osteoblasts.
When cells were pretreated with pan-TGF-𝛽 antibody, PEMF
stimulation of expression of these genes was significantly

decreased (Figures 5(a) and 5(b)). Thus, this result indicates
that the osteogenic effect of Cervical-Stim PEMF on hBMSCs
is mediated via the TGF-𝛽 signaling pathway.

3.6. PEMF Stimulation of miR21-5p Expression in Differentiat-
ing Osteoblasts. MicroRNAs are considered to be regulators
of osteogenesis and bone formation. The microarray analysis
of hBMSCs subjected to differentiation at day 23 identified
the stimulation of expression of miR21 (Table 3). To verify
this, total RNA was obtained with differentiated hBMSCs
from females aged 24 × 2, 27, 29, and 30 (young individuals)
and 31, 36, 58, and 68 (older individuals) years and subjected
to RT-qPCR. The result shows that the expression of miR21-
5p was 155% increased in cells from the younger women but
not significantly increased in cells from the older individuals
after PEMF treatment (Figure 6).
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Figure 6: PEMF stimulated expression ofmiR21-5p in differentiated
human osteoblasts. Total RNAs from control or PEMF-treated
hBMSCs of females (24 × 2, 27, 29, and 30 years old, 𝑛 = 5) at
day 23 of differentiation or (31, 36, 58, and 68 years old) at day
23 or 33 of differentiation were isolated and subjected to RT-qPCR
using the miScript II kit with miScript HiSpec Buffer and miScript
SYBR Green PCR Kit. snoR10-1 was used to normalize miR21-
5p expression and the expression is shown as a percentage of the
relevant control samples. ∗ indicates significant increase compared
to control using one-way ANOVA.

3.7. PEMF and miR21-5p Stimulation of Osteoblast Differenti-
ation Marker Gene Expression. It is evident that PEMF stim-
ulatedmiR21-5p expression in differentiated osteoblasts from
younger individuals (Figure 6) which strongly suggested a
role for miR21-5p in promotion of osteoblast differentiation.
To determine this role, hBMSCs were transiently transfected
with negative control miRNA or miR21-5p mimic for 3 days
and concurrently subjected to 4 h PEMF treatment every day
for 6 days. Total RNA was isolated and subjected to RT-
qPCR analysis.When cells were treated with PEMF, there was
significantly increased ALPmRNA expression.ThemiR21-5p
mimic alone had no effect but together with PEMF treatment
caused a significant increase in ALP mRNA expression com-
pared with PEMF treatment alone (Figure 7(a)). With type
I collagen mRNA expression, no significant effect was seen
with respect to PEMF, miR21-5p mimic, or both treatments
under these conditions (Figure 7(b)).

3.8. PEMF Regulation of Smad7 via miR21-5p in Differentiat-
ing Osteoblasts. In silico analysis (http://www.microrna.org/
microrna/home.do) was used to identify the putative target
genes of miR21-5p for its functional importance towards
osteogenic commitment. Among them some antagonistic
effectors of osteogenesis such as Smad7, Smurf1, and Crim1
were found.The 3UTR regions of Smad7, Smurf1, and Crim1
held at least 6-nt perfect complementarities to the miR21-5p
seed region (Figure 8(a)). To validate these putative target
genes of miR21-5p, hBMSCs were transiently transfected
with either negative control miRNA or miR21-5p inhibitor
and concurrently treated with PEMF for 4 h each day for
3 days. To determine the expression level of these target

genes, total RNAwas isolated, followed by RT-qPCR analysis.
There was no significant change in mRNA expression of
Smurf2 (Figure 8(b)) and Crim1 (Figure 8(c)) in the cells in
the presence of PEMF treatment, miR21-5p inhibitor, or both.
In the case of Smad7, there was a significant decrease in
its mRNA expression after PEMF treatment, and inclusion
of miR21-5p inhibitor reversed the PEMF effect resulting
in increased Smad7 mRNA expression (Figure 8(d)). From
these results we suggest that Smad7, an antagonist of TGF-
𝛽 signaling, is likely to be miR21-5p’s target gene and PEMF
downregulates its mRNA expression via miR21-5p in differ-
entiating osteoblasts. In fact, at least two groups have shown
that the 3-UTR of Smad7 is, indeed, a target for miR21-5p,
resulting in a decrease in Smad7 protein levels [21, 22].

3.9. PEMF Regulation of Runx2 Expression via miR21-5p and
Smad7 in Differentiating Osteoblasts. Since Runx2 is required
for osteoblast differentiation and PEMF stimulated expres-
sion of osteoblast differentiation marker genes (Figure 3), we
next examined the PEMF stimulation of expression of Runx2
in differentiating hBMSCs and the role played by miR21-
5p. Human BMSCs were transiently transfected with either
negative control miRNA or miR-21-5p inhibitor, followed by
PEMF treatment. Total RNA was isolated and subjected to
RT-qPCR analysis. The result showed that there was a sig-
nificant increase in expression of Runx2 mRNA in response
to PEMF treatment and this effect was blocked by miR21-5p
inhibitor in differentiating osteoblasts (Figure 9). From these
results, we suggest that PEMF promotes its osteogenic effect
via stimulation of miR21-5p expression and activation of
TGF-𝛽 signaling in hBMSCs. A figure summarizing that the
mechanisms we conclude are involved in PEMF stimulation
of BMSCs andosteoblast differentiation is shown in Figure 10.

4. Discussion

Numerous studies have shown that mechanical stimulation
of bone progenitors including ultrasound [23], mechanical
strain [24, 25], and compression as well as shear forces has
a stimulatory effect on bone progenitors involved in bone
healing of critical size defects and nonunions in vivo. A broad
set of investigations has aimed to unravel potential under-
lying molecular mechanisms and growth factor pathways
involved with sophisticated in vitro methods [26]. A number
of mechanisms have been proposed by which mechanical
cues on different physical scales and identities can incor-
porate into growth factor signaling [27]. In particular, the
major TGF-𝛽 growth factor superfamily of ligands (including
TGF-𝛽 1 and 2 as well as BMPs) and their downstream
signaling via Smad2/3 and Smad1/5/8 transcription factors,
respectively [28, 29], appears to be affected by mechanical
stimulation in a diverse set of cells, with the majority of
research focussing on bone progenitors, for example, BMSCs,
osteoblasts, osteocytes, and chondrocytes. This is a large and
ongoing field of study.

The molecular mechanisms responsible for the effect of
PEMF on bone formation [14, 30] have not been completely
elucidated. We found that PEMF promoted preosteoblast
proliferation fromhBMSCs from individuals up to age 30, but

http://www.microrna.org/microrna/home.do
http://www.microrna.org/microrna/home.do
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Figure 7: PEMF resulted in stimulation of expression of ALP mRNA and its effect was further enhanced by miR21-5p. Human BMSCs from
a 31-year-old female were transiently transfected with 50 nM of negative control miRNA or miR-21-5p mimic for 72 h in osteogenic medium
and PEMF treatment was carried out for 4 h each day for a total of 6 days. Total RNA was isolated and RT-qPCR was carried out using the
primers for ALP (a) and collagen 1A1 (b) genes. Expression of the mRNAs is shown relative to the RPL13 gene. 𝑛 = 3. ∗ indicates significant
increase compared to negative control miRNA transfection. # indicates significant increase compared to all treatments. Analysis by one-way
ANOVA.

not older individuals, and stimulated differentiation marker
gene expression of mineralizing hBMSCs of all ages. To
dissect themechanisms, PEMF effects on proliferation, differ-
entiation, and mineralization of hBMSCs were examined by
Affymetrix microarray analyses. We found that PEMF stim-
ulation of hBMSC proliferation mainly affected genes of cell
cycle regulation, cell structure, ECM, and some growth recep-
tors or kinase pathways (Table 2). At the cellular and molec-
ular levels, PEMF has been reported to promote the synthesis
of ECM proteins and exert a direct effect on the production
of proteins that regulate gene transcription. PEMFmay affect
several membrane receptors and stimulate osteoblasts to
secrete several growth factors such as BMP-2 and BMP-4 and
TGF-𝛽. PEMF has been reported to affect osteoblast cellular
proliferation and differentiation of bone cells in vitro by
enhancing DNA synthesis [14, 31], increasing the expression
of bone marker genes during differentiation and mineraliza-
tion [7], and enhancing calcified matrix production. Several
experimental studies also demonstrated that PEMF stimula-
tion could potently promote osteogenesis and enhance bone
mineralization both in vivo and in vitro [32–34].

The microarray data for PEMF regulation of differenti-
ation and mineralization of hBMSCs showed regulation of
transcriptional regulators, metabolism, proteases, cytokines
and growth factors, and also cell adhesion and binding
proteins and cytoskeletal and structural proteins (Tables 3
and 4). Identifying the signaling pathways and their associ-
ated regulatory mechanisms of PEMF action on osteogenesis
might further promote its use in clinical applications. Thus,
PEMF regulated preosteoblast gene expression during the dif-
ferentiation and mineralization stages, and candidate genes
chosen from microarray analyses were confirmed by RT-
qPCR (Tables 5 and 6). Notably, the TGF-𝛽 signaling pathway
and miR21 seem to be most highly regulated by PEMF.
Thus, in the present study, we systematically investigated the

mechanism of action of PEMF effects on osteogenesis via
activation of TGF-𝛽 signaling andmiR21-5p expression using
hBMSCs.

The TGF-𝛽/BMP signaling pathway plays a fundamental
role in the regulation of bone organogenesis through the
activation of receptor serine/threonine kinases. Perturbations
of TGF-𝛽/BMP activity are almost invariably linked to a
wide variety of clinical outcomes including skeletal anomalies
[28]. Phosphorylation of TGF-𝛽 (I/II) or BMP receptors
activates intracellular downstream Smads, the transducer of
TGF-𝛽/BMP signals. In our studies, PEMF (Cervical-Stim)
treatment activated only the Smad2 signaling component
in differentiated hBMSCs (Figure 4) and activation of this
signaling pathway appeared to be essential for PEMF stim-
ulation of early osteoblast differentiation marker genes such
as ALP and type I collagen (Figure 5). It is notable that it did
not appear to activate the BMP pathway through Smad1/5/8
phosphorylation. The TGF-𝛽/BMP signaling effect may be
complex and highly time- and space-specific during skeletal
development and bone formation. Very recently, Xie et al.
[18] have described a different PEMF signal as operating
through the BMP receptor on the primary cilium of rat
calvarial osteoblasts in culture. Our accumulated data do not
indicate that the BMP pathway is involved in the signaling
mechanism of either Spinal-Stim or Cervical-Stim but we
cannot rule out that it may have a role if investigated further.
This signaling cascade can be modulated by various factors
and other pathways [35, 36]. Activation of Wnt/Lrp5/𝛽-
catenin or calcium-related mechanisms by PEMF treatment
for osteogenic activity have also been reported [37, 38].

Osteoblast differentiation is tightly controlled by several
regulators including miRNAs [17, 39, 40] that can regulate
expression of genes during differentiation of MSCs towards
osteoblasts, resulting in the osteogenic lineage. Differential
expression of miRNAs could be responsible for activation
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Figure 8: Putative target genes of miR21-5p and PEMF decreases Smad7mRNA throughmiR21-5p. (a)The putative target region analysis was
performed for Smurf2, Crim1, and Smad7 mRNAs 3 UTR by miR21-5p seed sequence. ((b)–(d)) Human BMSCs from a 27-year-old female
were transiently transfectedwith 50 nMof negative controlmiRNAormiR21-5p inhibitor for 72 h in osteogenicmedium and PEMF treatment
was carried out concurrently for 4 h each day for 3 days. Total RNAwas isolated andRT-qPCRwas carried out using the primers for (a) Smurf2,
(b) Crim1, and (c) Smad7 genes. Expression of mRNAs is shown relative to that of the RPL13 gene. 𝑛 = 3. ∗ indicates significant increase
compared to negative control miRNA transfection or PEMF treatment with negative control miRNA transfection. # indicates significant
decrease compared to PEMF treatment with miR21-5p inhibitor transfection. Analysis by one-way ANOVA.

of several signaling pathways such as TGF-𝛽/BMP, Wnt/𝛽-
catenin, and transcription factors [41]. PEMF stimulated
miR21-5p expression in differentiated hBMSCs from younger
females (Figure 6) suggesting one of theways PEMFmediates
its osteogenic effect on these cells is via miR21-5p. MicroRNA
21was one of the firstmiRNAs detected in the human genome
and it was found to be overexpressed in several types of
cancer tissues [42]. A role for miR21 in cell proliferation
and apoptosis has been reported [43]. With regard to the
regulation of bone formation, a number of miRNAs are
expressed in the developing skeletal system and miRNA-
dependent modulation of gene function can alter skeletal
phenotypes across individuals and also within the same
individual over time [44]. MicroRNAs might have direct or
indirect effects for their regulatory functions in osteoblast
differentiation.

To study the functional role ofmiR21-5p during osteoblast
differentiation by PEMF treatment, it was necessary to alter
its endogenous expression/activity. Overexpression ofmiR21-
5p (mimic) in differentiated hBMSCs had no effect onmRNA

expression of ALP and type I collagen (Figure 7) but required
PEMF to have an enhanced effect on ALP mRNA expression
which suggests that PEMF could also involve other pathways
and molecules in addition to miR21-5p for its osteogenic
effects in these cells. The putative targets of miR21-5p can
be classified according to their negative contribution in
osteogenic differentiation or positive contribution to other
lineages using online software. Among them are some key
regulators or antagonistic effectors of osteogenesis such as
Smad7, Smurf2, and Crim1 and these genes are well docu-
mented in their antagonistic roles in osteogenesis [29, 45].
Expression of the putative target genes in the presence of the
miR21-5p inhibitor showed a significant increase in Smad7
mRNA expression in differentiated hBMSCs (Figure 8). The
inhibitory Smads (Smad6, Smad7) potentially act as sup-
pressors of bone formation. While Smad7 inhibits TGF-
𝛽/BMP signaling, Smad6 is less effective in inhibiting TGF-𝛽
signaling. It has been reported that Smad7 can inhibit ALP
activity and suppress type I collagenmRNAand protein levels
[46]. MicroRNA 21 has been shown to be a key regulator
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Figure 9: PEMF stimulated Runx2 expression and its effect was
downregulated by miR21-5p inhibitor. Human BMSCs from a 27-
year-old female were transiently transfected with 50 nM of negative
control miRNA or miR21-5p inhibitor for 3 days in osteogenic
medium and PEMF treatment was carried out concurrently for
4 h each day for 3 days. Total RNA was isolated and RT-qPCR
was carried out using the primers for Runx2. Expression of Runx2
mRNA is shown relative to that of the RPL13 gene. 𝑛 = 3. ∗
indicates significant decrease compared to negative control miRNA
transfection or PEMF treatment with negative control miRNA
transfection. # indicates significant increase compared to control
treatment with negative control miRNA transfection. Analysis by
one-way ANOVA.

of TGF-𝛽 signaling [47] and Smad7 was found to be one
of its target genes [21, 40, 43]. Other target genes such as
PTEN and STAT3 have also been reported formiR21 [48, 49].
Based on our results (Figures 7 and 8), we suggest that Smad7
is a target gene for miR21-5p during PEMF regulation of
osteoblast differentiation.

Since PEMF stimulates miR21-5p expression in differ-
entiated hBMSCs (Figure 6) and miR21-5p targets Smad7
(Figure 8(d)), the PEMF action on osteogenesis via miR21-
5p and Smad7 was further investigated. Runx2 is essential
for the commitment of multipotent mesenchymal cells to
the osteoblastic lineage. In general, Runx2 activity can be
altered by its interacting proteins and/or posttranslational
modifications [17, 50–54]. The steady-state protein level of
Runx2 can be regulated by E3 ubiquitin ligases, Smurf1 and
Smurf2, and it has been reported that the degradation of
endogenous Runx2 can be blocked by a proteasomal inhibitor
or by Smurf2 siRNA [55]. PEMF stimulated Runx2 mRNA
in differentiated hBMSCs, and miR21-5p inhibitor prevented
the PEMF stimulation of Runx2 expression (Figure 9). It has
already been reported that Smad7 interacts with Smurf2 but
it does not interact with Runx2 [56]. Hence, targeting Smad7
through miR21-5p by PEMF could possibly decrease the
Smad7-dependent Smurf2 activity, resulting in stabilization
of Runx2 protein, and feedback to increased transcription
of Runx2 in differentiated hBMSCs. A figure summarizing
that the mechanisms we conclude are involved in PEMF
stimulation of BMSCs and osteoblast differentiation is shown
in Figure 10. We can only speculate as to how PEMF regu-
lates miR21-5p, but others have shown that this microRNA
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Figure 10: Schema of the mechanisms involved in PEMF stim-
ulation of BMSC proliferation and osteoblast differentiation. The
magnetic field (B) is thought to elicit Eddy Currents that act on
BMSCs and cause activation of ERKs that are then involved in
increased BMSC proliferation. After the BMSCs reach confluence
and they are switched to differentiation medium, the magnetic field
(B) and the resultant Eddy Currents cause a decrease in fibrillin 2
expression and an increase in TGF-𝛽2 and miR21-5p expression.
The decrease in fibrillin 2 would lead to an increase in the amount
of available TGF-𝛽2. The increase in miR21-5p appears to cause a
decrease in inhibitory Smad7 expression, thus, enhancing TGF-𝛽2
activation of Smad2with resulting increase in Runx2, collagen I, and
alkaline phosphatase expression in the cultures, that is, increased
osteoblast differentiation.
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is regulated by transcriptional mechanisms, such as by
myocardin-related transcription factor-A (58) or by STAT3
(59), and such mechanisms could possibly be implicated in
PEMF’s actions.

5. Conclusions

Our results show that PEMF significantly stimulated the cell
number of preosteoblasts from BMSCs of young women
while not stimulating those from women older than 30.
We also showed that PEMF regulates a range of genes in
hBMSCs to stimulate their proliferation, differentiation, and
mineralization. Our further investigation suggests a novel
regulatorymechanism of PEMF action during differentiation
and mineralization of hBMSCs by activation of the TGF-𝛽
signaling pathway. PEMF appears to activate this pathway in
hBMSCs of younger women by inhibiting Smad7 expression
throughmiR21-5p and in turn PEMF controls the function of
Runx2 resulting in promotion of its osteogenic effect.
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Mesenchymal stem cells (MSCs) can affect the microenvironment of a wound and thereby accelerate wound healing. Wnt proteins
act as key mediators of skin development and participate in the formation of skin appendages such as hair. The mechanisms
of action of MSCs and Wnt proteins on skin wounds are largely unknown. Here, we prepared a Wnt7a-containing conditioned
medium (Wnt-CM) from the supernatant of cultured human umbilical cord-MSCs (UC-MSCs) overexpressing Wnt7a in order
to examine the effects of this CM on cutaneous healing. Our results revealed that Wnt-CM can accelerate wound closure and
induce regeneration of hair follicles. Meanwhile,Wnt-CM enhanced expression of extracellular matrix (ECM) components and cell
migration of fibroblasts but inhibited the migratory ability and expression of K6 and K16 in keratinocytes by enhancing expression
of c-Myc. However, we found that the CM of fibroblasts treated withWnt-CM (HFWnt-CM-CM) can also promote wound repair and
keratinocyte migration; but there was no increase in the number of hair follicles of regeneration. These data indicate that Wnt7a
and UC-MSCs have synergistic effects: they can accelerate wound repair and induce hair regeneration via cellular communication
in the wound microenvironment. Thus, this study opens up new avenues of research on the mechanisms underlying wound repair.

1. Introduction

The skin is the largest organ and functions as a protective
barrier against aggression of external microorganisms and
dehydration [1]. Skin injury is very common and is associated
with a high rate of mortality and morbidity because this
type of injury not only abrogates the barrier function of the
skin but also alters the perception of pain and temperature
and the sense of touch [2, 3]. In humans, problems with
wound healing can manifest themselves as delayed wound
healing (e.g., in diabetes or radiation exposure), excessive
healing (e.g., hypertrophic or keloid scars), or a lack of
skin appendages (e.g., hair follicles or sweat glands) [4].
Previously, wound closure as early as possible was the main
goal of treatment. With the increasing demand for quality
repair of damaged skin, restoration of the anatomy and
functions of the skin after wounding (to achieve perfect
healing) has become the main focus in the field of wound

repair [5, 6]. Thus, there is a need to identify an effective
approach to enhancement of wound healing.

Cutaneous wound repair is similar to embryonic skin
development in many respects and represents an attempt
to restore integrity of the injured tissue [7–9]. However,
in the middle and late phases of wound healing, cellular
interactions are dominated by the interplay of keratinocytes
and fibroblasts; these events gradually shift the microenvi-
ronment away from an inflammatory one to a microenvi-
ronment that promotes the formation of granulation tissue
[10]. Fibroblasts are an important component of the skin
and play a crucial role in wound repair by constructing
and maintaining the extracellular matrix (ECM) through
the production of matrix proteins, metalloproteinases, and
relevant inhibitors [11]. However, these properties change
in different microenvironments. Studies have shown dif-
ferences between fibroblasts during development and in
adult skin and between undamaged and wounded skin,
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including differences in cell migration and in the expression
of cytokines and growth factors. Under conditions of hair
follicle development, the underlying dermis fibroblasts send
signals to the epidermis to form a placode and to induce
formation of hair follicles [10, 12]. On the other hand, adult
skin does not normally show regeneration of hair follicles,
but an exception has been documented in the case of adult
mouse skin in response to transgenic Wnt/𝛽-catenin or to
wound-induced epidermal activation of Wnt/𝛽-catenin [13].
Thus, a change in the microenvironment plays a key role in
hair follicle regeneration. Regenerated hair follicles contain
structures called dermal papillae (DP), implying crosstalk
between the Wnt-activated epidermis and the dermis in
the microenvironment of the wound. Thus, provision of
an appropriate microenvironment for wound healing may
enhance the crosstalk among cells and between cells and
cytokines to achieve the goal of perfect repair.

Mesenchymal stem cells (MSCs) can create a favorable
microenvironment for tissue regeneration through the secre-
tion of a variety of prosurvival and promigratory cytok-
ines and growth factors after MSC transplant [14–16]. Re-
search shows thatMSC-conditionedmedium (MSC-CM) can
enhance migration of fibroblasts and keratinocytes accord-
ing to scratch assays in vitro [17]. Another study showed
that MSC-CM by providing a type of pigment epithelium-
derived factor (PEDF) can stimulate migration of fibrob-
lasts to injured tissues; these cells release cytokines and
ECMmolecules modulating the growth of parenchymal cells
and scar healing [18]. Furthermore, another study showed
that MSC-CM can decrease high glucose (HG) and/or
lipopolysaccharide- (LPS-) induced overproduction of reac-
tive oxygen species and activation of the extracellular signal-
regulated kinase (Erk) signaling pathway, thereby promoting
proliferation and migration of keratinocytes by creating a
diabetes-like microenvironment [19]. Thus, depending on
various disease-related microenvironments, preconditioning
of MSCs by physical, chemical, and genetic methods is
necessary to maximize their therapeutic potential in wound
repair.

Wnt proteins are key mediators of skin development and
participate in various processes, from the development of the
dermis to formation of skin appendages such as hair [20, 21].
The studies have shown that hair follicle neogenesis can be
induced in 1 cm2 (or larger) full-thickness wounds in mice:
further, when Wnt7a is overexpressed, the number of hair
follicles in the wound increases [13]. Thus, Wnt signaling in
the process of wound repair may provide a microenviron-
ment similar to that present at the developmental stage of
the skin; several lines of evidence indirectly support a role
for Wnt signaling in cutaneous repair [22]. In contrast, an
inhibitory effect of 𝛽-catenin on reepithelialization has been
suggested in a study that showed enhanced epidermal nuclear
accumulation of 𝛽-catenin at the edge of chronic ulcers
and that pharmacological stabilization of 𝛽-catenin inhibits
keratinocyte migration by increasing c-Myc expression [23].
However, the combined effects of Wnt and MSCs in wound
repair are still unclear.

Here, we prepared CM from the supernatant of cul-
tured Wnt7a-overexpressing umbilical cord- (UC-) MSCs

(Wnt-CM) and evaluated its effect on cutaneous healing
in mice. Our results suggest that Wnt-CM can enhance
the expression of ECM components and cell migration of
fibroblasts and thereby accelerate wound closure and hair
follicle regeneration, but it inhibits the migratory ability of
keratinocytes. In contrast, HFWnt-CM-CM (fibroblasts treated
with Wnt-CM) can accelerate wound closure and promote
keratinocyte migration; however, the number of hair follicles
did not increase compared to the control group. These
results indicate that Wnt7a overexpression by UC-MSCs can
enhance wound repair and induce hair regeneration through
changes in the wound microenvironment that affect cell-cell
interactions.

2. Materials and Methods

2.1. Ethics Statement. Human UC samples were obtained
from a hospital after delivery of full-term infants. Human
skin samples were selected by experienced plastic surgeons
and collected during reconstructive procedures. All human
skin tissues and human UCs were collected according to the
protocol approved by the Ethics Committee of the Chinese
PLA General Hospital, and informed consent forms were
signed by the donors.

Six-week-old male C57BL/6 mice were obtained from
the Chinese PLA General Hospital. The protocol of animal
experiments was approved by the medical Ethics Committee
of the Chinese PLA General Hospital.

2.2. Amplification and Purification of Retroviral Vectors.
Human Wnt7a cDNA (NM 004625, Origene, BJ, CHN) was
inserted between the MluI and SalI sites of a retroviral
vector (PWPT, from Shanghai Institute of Biochemistry and
Cell Biology; researcher Xin Wang). Recombinant vectors
were amplified in HEK 293T cells and then purified using
polyethylene glycol (PEG) 6000 by the precipitation method.
The viral particles expressing Wnt7a were resuspended in
phosphate-buffered saline (PBS) and stored at −80∘C.

2.3. Isolation of UC-MSCs and Preparation of Wnt-CM.
Wharton’s jelly from UCs was excised, minced into pieces
of 0.5–1.0mm3 using scissors and scalpels, and washed
twice with PBS. UC-MSCs were isolated and harvested
as previously described [24]. The cells were then purified
and identified. Passage-3 MSCs were cultured to 50–60%
confluence in T-75 culture flasks and incubated with a
medium containing the Wnt7a-expressing virus combined
with polybrene (8mg/mL). This medium was added to the
flask, replenished with 12mL of serum-free DMEM (Gibco,
NY, USA) and incubated for 24 hours prior to harvesting
of the CM of the cells infected with the Wnt7a-expressing
virus (Wnt-CM). The culture supernatant was collected
from passage-3 UC-MSCs and named MSC-CM. The CM
was centrifuged at 3,000 rpm/min for 10 minutes at 4∘C to
remove the cell debris and then was concentrated 20-fold by
dialysis in a bag of a tangential flow microfiltration mem-
brane (4-kDa molecular weight cutoff; Sartorius, GER) at
4∘C.



Stem Cells International 3

Table 1: List of sequences of forward and reverse primers.

Genes Species Forward primer Reverse primer
𝛼-SMA Human 5-CTATGAGGGCTATGCCTTGCC-3 5-GCTCAGCAGTAGTAACGAAGGA-3

Collagen I Human 5-GTGCGATGACGTGATCTGTGA-3 5-CGGTGGTTTCTTGGTCGG-3
Collagen III Human 5-TTGAAGGAGGATGTTCCCATCT-3 5-ACAGACACATATTTGGCATGGT-3

K6 Human 5-ACGGAAACTACTACGGCGAC-3 5-GGCCTTCGTATCCACAGCAC-3

K16 Human 5-GACCGGCGGAGATGTGAAC-3 5-CTGCTCGTACTGGTCACGC-3

C-Myc Human 5-AATAGAGCTGCTTCGCCTAGA-3 5-GAGGTGGTTCATACTGAGCAAG-3

GAPDH Human 5-CTGGGCTACACTGAGCACC-3 5-AAGTGGTCGTTGAGGGCAATG-3

𝛼-SMA Mouse 5-GTCCCAGACATCAGGGAGTAA-3 5-TCGGATACTTCAGCGTCAGGA-3

Collagen I Mouse 5-GCTCCTCTTAGGGGCCACT-3 5-CCACGTCTCACCATTGGGG-3

Collagen III Mouse 5-CTGTAACATGGAAACTGGGGAAA-3 5-CCATAGCTGAACTGAAAACCACC-3

GAPDH Mouse 5-AGGTCGGTGTGAACGGATTTG-3 5-TGTAGACCATGTAGTTGAGGTCA-3

PCR amplification conditions on the Applied Biosystems 7500 Real-Time PCR System: 58∘C for 5 minutes; 95∘C for 2 minutes; 40 cycles of 95∘C for 15 seconds
and 60∘C for 60 seconds.

2.4. ELISA. Wnt7a levels were measured by enzyme-linked
immunosorbent assay (ELISA) according to the manufac-
turer’s instructions (BioTek, VT, USA).

2.5. Preparation, Isolation, and Cultivation of Fibroblasts and
Keratinocytes. Normal human skin keratinocytes and human
fibroblasts (HFs) were derived from adult skin obtained from
surgical waste, as previously described [25, 26]. Fibroblasts
obtained from the outgrowth of explant cultures were grown
in DMEM (Gibco, NY, USA) supplemented with 10% fetal
bovine serum (Gibco, NY, USA), and cells from passage 3
were used for the experiments. Keratinocyteswere cultured in
the EpiLifemedium (Gibco,NY,USA) at 37∘C in a humidified
atmosphere containing 5% of CO

2
.Themediumwas replaced

every 2 to 3 days.

2.6. Preparation of the CM of Fibroblasts. The culture super-
natant was collected from HFs (passage 3) as HF-CM. We
used MSC-CM and Wnt-CM for the treatment of fibroblasts
for 24 hours after removal of the supernatant; we then added a
fresh culture medium after 48 hours and collected the super-
natant to prepare HFMSC-CM-CM and 20-fold concentrated
HFWnt-CM-CM.

2.7.TheUse of the CM InVitro. After cultivation of fibroblasts
or keratinocytes, the CM (20-fold concentrated) was added
to DMEM (the CM and DMEMwere mixed in the 1 : 10 ratio,
v/v).

2.8. RNA Isolation and Real-Time RT-PCR. Total RNA was
isolated using the RNeasy Mini Kit (Qiagen, CA, USA).
Single-stranded cDNA was synthesized using SuperScript II
reverse transcriptase and oligo (dT) (Invitrogen, CA, USA).
Quantitative RT-PCR was used to measure transcription of
genes, and the data were normalized to glyceraldehyde 3-
phosphate dehydrogenase (GAPDH). PCR was run on an
ABI 7500 Real-Time PCR System (Applied Biosystems, USA)
under the following cycling conditions: one cycle of 95∘C for
10min and 40 cycles of 95∘C for 15 s and 60∘C for 1min, with
the primers shown in Table 1. Relative mRNA expression was
calculated by 2−ΔΔCt method.

2.9. Western Blot Analysis. Western blotting was performed
as previously described [27]. Total protein was isolated from
MSCs and from retrovirally infected MSCs. Primary anti-
bodies were a rabbit polyclonal antibody to Wnt7a, c-Myc,
K6, and K16 and a mouse monoclonal antibody to GAPDH
(Abcam, MA, UK). The secondary antibodies were goat
anti-rabbit and goat anti-mouse IgG antibodies (horseradish
peroxidase-conjugated; Abcam, MA, UK). The blots were
analyzed by densitometry in the ImageJ software (NIH, MD,
USA).

2.10. Immunocytochemistry. For the immunocytochemical
analysis, cells were fixed in 4% paraformaldehyde for 30min
at 4∘C and then permeabilized by 0.1% Triton X-100 for
15min, followed by blocking with 3% fetal bovine serum for
30min. Primary antibodies: rabbit polyclonal antibodies to
Wnt7a and 𝛼-SMA (Abcam, MA, UK) were incubated with
the cells overnight at 4∘C. Secondary antibodies: an Alexa
Fluor 594-conjugated goat anti-rabbit IgG antibody and an
Alexa Fluor 488-conjugated goat anti-mouse IgG antibody
(Invitrogen, CA, USA) were added to the cells and incubated
for 1 h at 37∘C. Finally, the cells were stained with Hoechst
(Vector, Burlingame, CA) at a 1 : 3000 dilution and were
examined under a fluorescence microscope (Olympus BX53,
JP).

2.11. The Animal Model. We used 6-week-old C57BL/6 mice
as a model of the full-thickness skin injury. After anesthesia,
1 cm diameter wounds were created on the back skin
of the mice; then, 100 𝜇L of Wnt-CM, MSC-CM, DMEM
(Gibco BRL, NY, USA), HFMSC-CM-CM, or HFWnt-CM-CM
was injected at multiple points into the wound area.

2.12. Histological Analysis. The wounded skin from each
mouse was collected for histological analysis. The samples
were fixed in 10% formalin and then embedded in paraffin
blocks to prepare paraffin sections (4𝜇m thick). The general
histological features were visualized by hematoxylin and
eosin (H&E) staining andwere examined under amicroscope
(Olympus BX53JP).
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Figure 1: Wnt7a expression in human MSCs. (a, b) Western blots of Wnt7a and corresponding semiquantitative analysis. (c) Immunocy-
tochemical analysis of MSCs overexpressing Wnt7a. The nuclei were counterstained with Hoechst. (d) Wnt7a was quantified in the CM by
ELISA. The data are presented as mean ± SEM, 𝑛 = 3; ∗∗𝑃 < 0.01. In the images, Wnt7a (red fluorescence) and Hoechst (blue fluorescence)
staining are shown. The scale bar in panel (b) is 20𝜇m.

2.13. The Cell Scratch Experiment. Fibroblasts and ker-
atinocytes were seeded in 6-well plates at 5 × 105/well. When
the cells covered the bottom of the well, a scratch was made
with a sterilized P1000 pipette tip (width 1.0–1.2mm), and the
cells then were cultured in different media after a wash with
PBS. After 24 h, the scratches were analyzed by microscopy
(Olympus BX53, JP), and the scratch area was measured in
the IPP software (Media Cybernetics).

2.14. Statistics. The results are expressed as mean ± SEM.
All experiments were repeated three times with indepen-
dent cultures, and similar results were obtained. Statis-
tical significance was assessed using Student’s t-test. Sta-
tistical significance was assumed for 𝑃 values <0.05 or
<0.01.

3. Results

3.1. Wnt7a Overexpression in UC-MSCs. A retroviral vector
was constructed to express Wnt7a and was propagated in
HEK293 cells. We purified the retrovirus to use it for the
induction of Wnt7a expression in UC-MSCs by means of
polybrene exposure.The retrovirus-mediated transduction of
Wnt7a into UC-MSCs was confirmed by Western blotting
and immunocytochemistry. Expression levels of the Wnt7a
protein were higher in these UC-MSCs (Figures 1(a) and
1(b)).The immunocytochemical analysis also showed that the
retrovirus-mediated transduction of Wnt7a into UC-MSCs
made these cells positive for Wnt7a expression (Figure 1(c)).
We detected the expression of Wnt7a in the culture super-
natant by enzyme-linked immunosorbent assay (ELISA).The
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Figure 2: Topical injection of Wnt-CM accelerated healing of full-thickness skin wounds in mice. (a) Typical images of dorsal skin showing
effectiveness of wound closure in the mice of treatments groups DMEM, MSC-CM, and Wnt-CM. (b) The percentage of wound closure on
days 3, 7, and 14 after the surgical injury. (c) On postinjury days 3, 7, and 14, healing skin was examined by H&E staining of the tissue slices.
The data are presented as mean ± SEM, 𝑛 = 3; ∗𝑃 < 0.05 and ∗∗𝑃 < 0.01. The double arrow line denotes the wound area. The scale bar is
500 𝜇m in panel (c).

results showed that the level of secreted Wnt7a protein (as
a result of the retroviral-mediated transduction of Wnt7a
into UC-MSCs) was significantly increased as compared to
that in the control group (Figure 1(d)). These data showed
that Wnt7a was successfully expressed in UC-MSCs and was
secreted into the supernatant of the cultured UC-MSCs.

3.2. Wnt-CM Enhances Healing of Full-Thickness SkinWounds
in Mice. A model of healing of a full-thickness skin wound
was used to estimate the effects of topical application ofWnt-
CM on wound healing. We collected the culture medium
from Wnt7a-overexpressing UC-MSCs and prepared Wnt-
CM through tangential flow concentration (20-fold). Then,
100 𝜇L of Wnt-CM was injected subcutaneously at multiple
points into the wound area of each mouse, with the same
dose of MSC-CM or Dulbecco’s modified Eagle’s medium
(DMEM) serving as control. The wound closure rates in the
Wnt-CM-treated mice on postinjury days 3, 7, and 14 were
25.3%, 51.6%, and 91.5%, respectively (𝑃 < 0.05, 𝑛 = 3),

whereas in MSC-CM-treated mice they were 22.9%, 44.3%,
and 76.3% (𝑃 < 0.05, 𝑛 = 3), and in DMEM-treated mice
these rates were 20.1%, 38.7%, and 65.1% (𝑃 < 0.05, 𝑛 =
3; Figures 2(a) and 2(b)). The results showed that Wnt-CM
significantly enhanced the closure rates in comparison with
MSC-CM, but the MSC-CM treatment group showed better
results than did theDMEM treatment group. Similarly, H&E-
stained histological slices of skin samples showed similar
closure rates on postinjury days 3, 7, and 14 (Figure 2(c)).
Thus, the results showed that Wnt-CM can enhance wound
repair in mice.

3.3. Wnt-CM Enhances Expression of ECM Components and
Migration of Fibroblasts. Injury to the skin resulting in a
wound is known to trigger a repair process that is charac-
terized by major alterations in both the composition and
structure of the ECM. Accordingly, mRNA expression levels
of ECM-related molecules were then evaluated. Compared
to the DMEM treatment group, the MSC-CM and Wnt-CM
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Figure 3: Expression of ECM components during the wound healing process in mice. (a) Expression levels of 𝛼-SMA, collagen III, and
collagen I mRNA in mice of treatment groups DMEM, MSC-CM, and Wnt-CM were analyzed by real-time PCR and normalized to that
of GAPDH. (b) Representative images of skin biopsy samples (obtained from mice of treatment groups DMEM, MSC-CM, and Wnt-CM),
showing staining with Masson’s trichrome. Statistical analysis involved unpaired t tests. The data are presented as mean ± SEM, 𝑛 = 3;
∗𝑃 < 0.05 and ∗∗𝑃 < 0.01. The scale bar is 200 𝜇m in panel (b).

treatment groups expressed significantly larger amounts of
ECM molecules in the wound area, including 𝛼-SMA, col-
lagen I, and collagen III (Figure 3(a)). To evaluate collagen
accumulation in the skin, we used Masson’s trichrome stain-
ing. The results showed that Wnt-CM markedly increased
collagen deposition in the dermis compared with MSC-CM
and DMEM (Figure 3(b)). Therefore, these findings indicate
that Wnt-CM efficiently enhances wound healing-related
events, such as collagen production.

The functional role of Wnt-CM in fibroblasts was ana-
lyzed in vitro. Human dermal fibroblasts (HFs) were obtained
from surgical waste (adult skin samples) and were incubated
with DMEM, MSC-CM, or Wnt-CM. A scratch wound assay
showed that Wnt-CM accelerated migration of HFs into the
wound area in comparison with MSC-CM and DMEM at
24 hours after scratching (Figures 4(a) and 4(c)). Therefore,
we next tested the expression of migration-related genes of
fibroblasts. We found thatWnt-CM can significantly increase
expression of the smooth muscle cell actin isoform called
-smooth muscle actin (𝛼-SMA), collagen I, and collagen
III in HFs as compared to DMEM and MSC-CM (Figures

4(b) and 4(d)). Overall, these results indicate that Wnt-CM
significantly enhanced migration and ECM expression of
fibroblasts.

3.4. Wnt-CM Enhances Reepidermalization during Skin Heal-
ing in Mice. To elucidate the effects of Wnt-CM on reepider-
malization during skin healing, epithelial-tongue length and
epidermal thickness of skin wounds were examined by his-
tomorphological analysis on postinjury days 3, 7, and 14. The
Wnt-CM treatment group yielded significantly better results
than did theMSC-CMandDMEMgroups on postinjury days
3 and 7, but the MSC-CM group showed better results than
did the DMEM group (Figures 5(a) and 5(d)). Mice treated
with Wnt-CM had a thicker epidermis with more organized
cell layers as compared to theDMEMgrouponpostinjury day
14 (Figures 5(b) and 5(e)).TheWnt-CM treatment group also
showed regeneration of more hair follicles as compared to
the MSC-CM treatment group (Figures 5(c) and 5(f)). These
results confirmed that Wnt-CM can substantially increase
epidermal thickness and the number of migrating cells in the
epithelial-tongue area.
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Figure 4: Wnt-CM stimulates migration and promotes expression of 𝛼-SMA and ECM components in fibroblasts. (a) Wnt-CM enhanced
migration of primary human fibroblasts in awound scratch assay (after 24 h) as compared toMSC-CMandDMEM. (b) Immunocytochemical
staining for 𝛼-SMA shows upregulation of 𝛼-SMA induced by Wnt-CM. (c) Quantification of optical density of the immunocytochemical
staining for 𝛼-SMA. (d) Expression levels of 𝛼-SMA, collagen III, and collagen I mRNA after treatment with DMEM, MSC-CM, or Wnt-CM
were analyzed by RT-PCR and normalized to that of GAPDH. The data represent mean ± SEM, 𝑛 = 3; ∗𝑃 < 0.05 and ∗∗𝑃 < 0.01. Solid lines
indicate the initial wound area; dotted lines demarcate the migrating front of the cells.The scale bar is 100 𝜇m in panel (a) and 50 𝜇m in panel
(b).

3.5. The Inhibitory Effects of Wnt-CM on Keratinocyte Migra-
tion Are Mediated by c-Myc. To demonstrate the effects of
Wnt-CM on keratinocyte migration, scratch wound assays
were performed. Keratinocyte migration was significantly
retarded by Wnt-CM treatment as compared to either MSC-
CM or DMEM treatment at 24 hours after scratching (Fig-
ures 6(a) and 6(b)). c-Myc can impair migration of basal
keratinocytes and inhibit wound healing [23]. Accordingly,
we assessed mRNA and protein expression levels of c-Myc at
48 hours (Figures 6(c) and 6(e)). Our results showed that c-
Myc expression in the wound area was significantly higher
in the Wnt-CM treatment group than in the MSC-CM and
DMEM treatment groups at 48 hours. Next, the cytoskeletal

components important for migration (K6 and K16) were
analyzed by RT-PCR andWestern blot.Wnt-CM significantly
inhibited the expression of K6 andK16 at 48 h after scratching
(Figures 6(d)–6(f)). These results suggested that Wnt-CM
inhibits themigratory ability and cytoskeletal organization of
keratinocytes by increasing the expression of c-Myc.

3.6. Wnt-CM Causes Fibroblasts to Promote Keratinocyte
Migration and Expression of Cytoskeletal Proteins. The early
stage of wound healing is infiltration of fibroblasts into the
damaged area where they synthesize collagen and form the
ECM; the crosstalk between fibroblasts and keratinocytes
facilitates wound closure. Therefore, we tested whether
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Figure 6: Wnt-CM inhibits migration and expression of the cytoskeletal components K6 and K16 via upregulation of c-Myc in human
keratinocytes. (a and b)Wnt-CM inhibited migration of human keratinocytes in the wound scratch assay after 24 h as compared toMSC-CM
and DMEM. (c) Expression levels of c-Myc mRNA after treatment with Wnt-CM, MSC-CM, or DMEM were analyzed by real-time PCR
and normalized to that of GAPDH. (d) Expression levels of K6 and K16 mRNA after treatment with Wnt-CM, MSC-CM, and DMEM were
analyzed by RT-PCR and normalized to that of GAPDH. (e, f) Western blots analysis of c-Myc, K6, K16, and corresponding semiquantitative
analysis. The data represent mean ± SEM, 𝑛 = 3; ∗𝑃 < 0.05 and ∗∗𝑃 < 0.01. Solid lines indicate the initial wound area; dotted lines demarcate
the migrating front of the cells. The scale bar in panel (a) is 100𝜇m.

treatment of fibroblasts with Wnt-CM can affect the skin
wound and keratinocyte migration. We used HFMSC-CM-CM
or HFWnt-CM-CM (treatment of fibroblasts with MSC-CM or
Wnt-CM for 24 hours after removal of the supernatant; a fresh
culturemediumwas added and the supernatant was collected
after 48 hours) to treat the wound and cultured keratinocytes;
the CM from nonactivated fibroblasts (HF-CM) and DMEM
served as controls.We found that HFWnt-CM-CM significantly
enhanced the closure rates (Figures 7(a) and 7(b)) and
promoted keratinocyte migration and cytoskeletal-protein
expression in comparison with HFMSC-CM-CM, HF-CM, and
DMEM (Figures 7(c)–7(g)). In contrast, HFWnt-CM-CM did
not influence the expression of c-Myc according to RT-PCR
and Western blot analysis of cultured keratinocytes (Figures

7(e)–7(g)). On the other hand, we found that HFWnt-CM-CM
could not promote regeneration of hair follicles by H&E-
stained histological slices analysis (Figure 7(a)). Thus, these
results showed that Wnt-CM accelerates wound repair and
enhancesmigration of keratinocytes by activating fibroblasts.

4. Discussion

In this study, we explored the effects of Wnt signaling in
combination with UC-MSCs onwound repair.We found that
Wnt-CM can promote wound repair and induce hair follicle
regeneration. Moreover, Wnt-CM by activating fibroblasts
enhanced secretory expression of ECM components, which
interacted with keratinocytes to promote keratinocyte
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Figure 7: HFWnt-CM-CM enhances migration and expression of the cytoskeletal components K6 and K16 in human keratinocytes. (a) Typical
images of dorsal skin showing effectiveness of wound closure in themice and H&E-stained histological slices of treatments groups HFWnt-CM-
CM, HFMSC-CM-CM, and HF-CM. (b) Evaluation of wound closure by morphometrical analysis of wound areas (ImageJ, NIH). (c and d)
HFWnt-CM-CM enhanced migration of human keratinocytes in a wound scratch assay after 24 h as compared to HFMSC-CM-CM, HF-CM, and
DMEM and corresponding semiquantitative analysis data. (e) Expression levels of c-Myc, K6, and K16mRNA after treatment with HFWnt-CM-
CM, HFMSC-CM-CM, or HF-CM were analyzed by real-time PCR and normalized to that of GAPDH. (f, g) Western blots analysis of c-Myc,
K6, K16, and corresponding semiquantitative analysis. The data represent mean ± SEM, 𝑛 = 3; ∗𝑃 < 0.05 and ∗∗𝑃 < 0.01. Solid lines indicate
the initial wound area; dotted lines demarcate the migrating front of the cells. The scale bar is 100𝜇m.
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migration and to enhance reepidermalization. Moreover,
our data indicate that Wnt-CM can enhance the crosstalk
between cells and among cells in the complex wound mi-
croenvironment, thereby enhancing these multifaceted
wound healing activities.

MSCs are increasingly studied as a potential treatment
method for clinical application [28–30]. Recent studies
showed that treatment of cutaneous wounds with MSCs
accelerates wound healing kinetics, increases epithelializa-
tion, and promotes angiogenesis. AlthoughMSCs may repair
damaged tissue by direct induction of differentiation, they
also have a second function: secretion of a broad repertoire of
trophic factors and immunomodulatory cytokines [31, 32]. A
large body of work has shown thatMSCs can improve wound
healing through adjustment of the local microenvironment
by secreting various factors [33, 34]. Moreover, Wnt proteins
are key mediators of wound regeneration and participate
in various related processes, from the development of the
dermis to formation of skin appendages [20]. Wnts can drive
epidermal-mesenchymal interactions that enhance wound-
induced follicle neogenesis in mouse models, and they
are also important for maintenance of the hair induction
activity of cultured DP cells [13, 35–37]. Overexpression
of Wnt signaling molecules promotes cellular proliferation,
migration, and ECM degradation; these changes reflect the
basic phases of wound regeneration [38]. In this study, we
injected Wnt-CM into skin wounds of mice and observed
markedly accelerated wound closure and hair regeneration
compared to those in mice that received injection of MSC-
CMand a control group.MSC-CMcan also accelerate wound
closure and increase expression of ECM components in
comparison with the DMEM treatment group, but MSC-CM
causes significantly weaker regeneration of hair follicles as
compared to Wnt-CM. The results proved that the synergy
of MSCs with aWnt protein can enhance wound healing and
hair follicle regeneration.

Regeneration of hair follicles during wound repair is sim-
ilar to the process of hair follicle initiation in the embryonic
period. Various researchers have demonstrated that hair fol-
licle neogenesis can be induced in a large wound through the
overexpression of Wnt7a in the microenvironment [13]. We
previously reported that Wnt-CM can induce regeneration
and accelerate the cycling of hair follicles by activating DP
cells in mice [39]. At the same time, Wnt-CM can maintain
the ability of DP cells to induce hair regeneration when
cotransplanted with epidermis cells in nude mice [37]. Here,
we prepared CM from the culture supernatant of Wnt7a-
overexpressing UC-MSCs (Wnt-CM) and used this CM to
treat skin wounds in a mouse model. Newly formed hair
follicles were observed in the basal epithelial tissues as well as
an elevated number of hair follicles after Wnt-CM treatment
as compared to the control group. Therefore, we can con-
clude that Wnt-CM stimulates wound healing and promotes
hair follicle regeneration by stimulating the Wnt signing
pathway.

Healing of full-thickness wounds involves migration
of keratinocytes, fibroblasts, and endothelial cells to the
wound bed prepared with deposition of appropriate ECM
molecules and proliferation of these cells [5, 40]. Fibroblasts

are the major stromal cells in the dermis and in many
other tissues. They appear in the wound healing process
and release numerous cytokines inducing production of
ECM components and contributing to wound closure [41].
Our data here showed that Wnt-CM significantly promotes
wound repair and expression of ECMmolecules. In addition,
Wnt-CM and MSC-CM (separately) can induce expression
of 𝛼-SMA by fibroblasts in vitro. Nonetheless, the 𝛼-SMA
expression implies that fibroblasts acquire the myofibroblas-
tic phenotype [42].Myofibroblasts perform a pivotal function
in organogenesis duringmesenchymal-epithelial interactions
and accelerate wound healing by secreting components of
the ECM and of the basement membrane [43]. Thus, our
results suggest that Wnt-CM and MSC-CM can enhance
ECM secretion and accelerate wound contraction.

Keratinocytes are a major cellular component of the
epidermis during a normal wound healing process [10].
Research has shown that the overexpression of 𝛽-catenin
and c-Myc impairs wound healing by inhibiting migration
of keratinocytes and by altering their differentiation [23, 44].
Our results also confirmed thatWnt-CM inhibits cytoskeletal
organization of keratinocytes and their migratory ability. In
contrast, the results of the in vivo experiment showed that
Wnt-CM increases reepidermalization during skin healing
in mice. Thus, we can conclude that Wnt-CM may cause
fibroblasts to promote reepithelialization. We found that
HFWnt-CM-CM can promote migration of keratinocytes and
expression of cytoskeletal proteins. We observed that this
CM can promote wound healing in mice, but the number
of regenerated hair follicles was not increased significantly.
Consequently, we believe that HFWnt-CM-CM can effectively
enhance wound healing and keratinocyte migration but
cannot induce hair follicles without exogenousWnt proteins.
Therefore, Wnt proteins may be a useful and selective thera-
peutic target for hair regeneration duringwound repair.Thus,
coordinated expression of multiple genes in MSCs holds
promise for stem cell-based therapy. Synergistic effects of
treatment with Wnt7a and MSCs yield better results than
MSC-CM treatment alone.

MSC therapy is a promising method to overcome the
limitations of current therapies. Strategies to increase the
efficacy of MSC properties through the use of gene engineer-
ing to enhance the natural production of specific proteins
or to make their own requires the expression of protein,
which can greatly broaden the spectrum of disease that can
be treated and fully exploit their potential [45]. Enhancing
the abilities of these cells to migrate, survive, and promote
healing through immunomodulation, differentiation, and
angiogenesis is the goal [46]. However, the mechanisms of
action include two main aspects: (1) MSC only as a vehicle
for transferring genes and drug delivery, but not to change
the phenotypic and differentiation potential of MSC by using
genetic modification [47] and (2) genes modified by MSC
to enhance the expression of purpose genes and at the same
time interact with cytokines, changing the secretion level to
enhance the function [46, 48]. Thus, what role stem cells
will play is something we need to continue to explore. Once
these problems are solved, the coordinated expression of



12 Stem Cells International

more genes inMSCs using complex expression systems shows
promise for clinical therapy.

5. Conclusion

In summary,Wnt-CMcan enhance secretion of ECMcompo-
nents and migration of fibroblasts and then promote wound
healing and induce hair regeneration. HFWnt-CM-CM also
promotes wound healing and migration of keratinocytes,
but, due to the lack of Wnt signals, the number of regen-
erated hair follicles is not increased. We believe that wound
repair requires crosstalk among cells and between cells and
cytokines, and any change in these processes will alter wound
repair. Thus, the overexpression of Wnt7a by UC-MSCs can
effectively accelerate wound healing and induce hair follicle
regeneration by improving the wound microenvironment.
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Bone regeneration is currently one of the most important and challenging tissue engineering approaches in regenerative medicine.
Bone regeneration is a promising approach in dentistry and is considered an ideal clinical strategy in treating diseases, injuries,
and defects of the maxillofacial region. Advances in tissue engineering have resulted in the development of innovative scaffold
designs, complemented by the progressmade in cell-based therapies. In vitro bone regeneration can be achieved by the combination
of stem cells, scaffolds, and bioactive factors. The biomimetic approach to create an ideal bone substitute provides strategies for
developing combined scaffolds composed of adult stem cells withmesenchymal phenotype and different organic biomaterials (such
as collagen and hyaluronic acid derivatives) or inorganic biomaterials such as manufactured polymers (polyglycolic acid (PGA),
polylactic acid (PLA), and polycaprolactone). This review focuses on different biomaterials currently used in dentistry as scaffolds
for bone regeneration in treating bone defects or in surgical techniques, such as sinus lift, horizontal and vertical bone grafts, or
socket preservation. Our review would be of particular interest to medical and surgical researchers at the interface of cell biology,
materials science, and tissue engineering, as well as industry-related manufacturers and researchers in healthcare, prosthetics, and
3D printing, too.

1. Introduction

Bone tissue engineering aims to restore tissues damaged
due to trauma, diseases, or congenital abnormalities. This
tissue engineering approach can be developed by combining
stem cells with innovative scaffolds designed to produce the
required extracellular matrix in an adequate manner and
ultimately a healthy bone tissue with acceptable geometry,
size, and composition [1–3]. Thus, regenerative medicine can
be successfully combined with tissue engineering to recreate
the appropriate cellular microenvironment that can rebuild
whole organs [4, 5].

In the last 20 years, there has been increasing interest in
tissue regeneration in the craniofacial region as well as for
whole teeth and periodontal structures in dentistry [6].
The principles of tissue engineering have found widespread
application in several branches of dentistry, such as peri-
odontics, oral maxillofacial surgery, and implant dentistry
[2, 7]. Tooth engineering attempts to enhance the creation of
osseointegrated implants with specific, biocompatible mate-
rials that replace the missing tooth or provide support to
the regenerated maxillary bone. In implant dentistry, the
lack of adequate bone tissue and proximity to important
anatomical structures (such as the maxillary sinus and the

Hindawi
Stem Cells International
Volume 2017, Article ID 4585401, 11 pages
https://doi.org/10.1155/2017/4585401

https://doi.org/10.1155/2017/4585401


2 Stem Cells International

inferior alveolar nerve) are the most frequently observed
problems at the implantation site [7].

To avoid iatrogenic damage to sensitive structures, the
sinus lift, horizontal and vertical bone grafts, and socket
preservation are the conventionally used surgical techniques
[8, 9]. These techniques have been considerably improved in
the last 5 years to achieve the regeneration of increasingly
larger and higher bone volume [10, 11] and will ensure the
best prosthetic rehabilitation for each patient. For successful
outcomes in regenerative dentistry, the combination of stem
cells of mesenchymal origin and scaffolds has been regarded
to have considerable potential in regenerativemedicine at the
maxillary bone level [12–14].

For these reasons, bone tissue engineering represents an
important and promising approach to treat various patho-
logical conditions in the oral cavity. Bone tissue engineering
for pathological bone conditions requires an appropriate
source of mesenchymal stem cells, such as dental pulp stem
cells (DPSCs) or periosteal stem cells (PSCs), and a suitable
scaffold on which the stem cells can be seeded and growth
factors/molecular signals can be provided in order to facili-
tate bone regeneration [1–5, 15]. Several studies have reported
different scaffolds for different types of tissue regeneration;
for example, some scaffolds used in plastic surgery attract the
epidermal and connective substitutes, while others are specif-
ically used for bone regeneration [16, 17].

This review will focus on the significant advancements
that have been made in the field of dentistry-based tissue
engineering with emphasis on the different biomaterials
currently available in clinical therapy for surgical procedures
in the oral cavity. Moreover, it would be of particular
interest to medical and surgical researchers at the interface
of cell biology, materials science, and tissue engineering, as
well as industry-related manufacturers and researchers in
healthcare, prosthetics, and 3D printing, too.

2. Stem Cells in Dentistry-Based
Tissue Engineering

Stem cells can be classified as totipotent, pluripotent, or
multipotent according to their abilities to differentiate into
other cell types [2, 6, 49]. Totipotent cells can give rise
to the whole organism; pluripotent cells (iPSC, such as
embryonic stem (ES) cells) can give rise to every cell type
of an organism except its extraembryonic tissues, such as
the placenta. Multipotent stem cells (MSC) are adult stem
cells, which can differentiate into a specific cell lineage [50].
Owing to ethical reasons and technical issues associated
with ES cells and iPSC, MSCs are the most commonly used
stem cells in tissue engineering, including dentistry-based
tissue engineering [49]. MSCs can be isolated from several
tissues, such as bone marrow, peripheral blood, umbilical
cord blood, adult connective tissue, dental tissues, placenta,
and amnioticmembrane [1, 2, 50, 51].Morphologically,MSCs
adhere to plastic, have fibroblast-like appearance, and are able
to differentiate into osteocytes, chondrocytes, and adipocytes
[52, 53]. MSCs express surface-specific antigens, such as
CD105, CD73, and CD90, and they are negative for the
leukocyte marker (CD45) and the primitive hematopoietic

progenitor and endothelial cell marker, CD34 [54]. Several
types of adult stem cells with mesenchymal origin have been
isolated from the oral cavity, including DPSCs [55, 56], stem
cells from human exfoliated deciduous teeth (SHED) [57],
periodontal ligament stem cells (PDLSCs) [58], dental follicle
progenitor stem cells (DFPCs) [6], and stem cells from apical
papilla (SCAP) [6, 59].

Gronthos et al. first identified DPSCs with a high cell
proliferation capacity and the ability to differentiate into
osteoblasts and chondroblasts [60]. In addition, when tra-
nsplanted in host mice, DPSCs can differentiate into odon-
toblast-like cells and form some important tooth struc-
tures, such as dentin-like structure or cementum, when cul-
tured on ceramic substrates (such as hydroxyapatite or trical-
cium phosphate) [61]. Several in vivo applications of DPSCs
have improved bone regeneration, as demonstrated by
D’Aquino et al. based on radiographic evidence [56] and by
Graziano et al. based on histology [62]. Moreover, DPSCs
seeded onto collagen scaffolds in the presence of dentin
matrix protein 1 formed an organized matrix [61, 62], which
could induce the formation of hard tissue.

Exfoliated deciduous teeth are another important source
for stem cells, from which Miura et al. isolated stem cells
with mesenchymal properties [63]. Similar to DPSCs, SHED
express MSC markers, including CD105, CD146, Stro-1, and
CD29 and when transplanted, they form a dentin-like struc-
ture [63]. SCAP (from apical papilla) were isolated from the
root apex of a developing tooth and showed MSC properties,
such as the expression of surface antigen markers (they also
express CD24); SCAP can undergo differentiation to form
odontoblasts and chondroblasts [64]. PDLSCs, isolated from
the dental follicle during tooth development, are highly pos-
itive for mesenchymal markers; they can differentiate into
osteoblasts, chondrocytes, adipocytes, neurons, and even
hepatocytes [6, 58].

Finally, the periosteum from craniofacial bones has also
been proposed to be a source of progenitor cells responsible
for injury repair in adult bones. In fact, periosteal cells (PCs),
described by Mattioli-Belmonte et al. as cells with MSC-like
properties, are involved in cell mechanosensing and con-
tribute to matrix organization, bone microarchitecture, and
bone strength [65, 66]. In addition, it has been demonstrated
that PCs could replace mesenchymal cells from bonemarrow
in oral tissue engineering applications owing to the ease of
collecting and the rapid in situ engraftment of PCs [66]. It
has been proposed to culture PCs ex vivo and subsequently
seed them into a natural or synthetic scaffold [67]. However,
the success of this approach is strictly limited to the use of an
appropriatematerial that is able to enhance the differentiation
of PCs.

Thus, in dentistry-based bone tissue engineering, scaf-
folds in combination with the appropriate stem cell are con-
sidered to be the most important factors to create substitutes
for the original tissue after any injury.

3. Scaffolds

3.1. Classification of Scaffolds. In scientific literature, the term
“scaffold” has been adopted to indicate a biomaterial that
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can provide support. Here, “support” is used to describe the
biomaterial as a biological platform that facilitates the appro-
priate repair and restoration of the physiological/histological
features of injured tissues during the healing process [16, 17,
23, 62].

In tissue regeneration, a biocompatible scaffold will allow
cell adhesion and induce cell proliferation and differentiation
without triggering any inflammatory responses or rejection
from the body [23]. Currently, the ultimate goal of tissue engi-
neering is to create a three-dimensional (3D) biocompatible
support that can be inserted into a tissue to repair a lesion or
correct a defect by allowing the adhesion and proliferation of
a specific cell type [23].

An ideal bone scaffold must have three fundamental
features: it should be osteogenic, osteoconductive, and osteo-
inductive. An osteogenic material can generate bone tissue,
which is a characteristic unique to osteoblasts. Thus, the
“living” bone can be considered the only real osteogenic scaf-
fold. Moreover, to ensure that the osteogenic feature is ret-
ained in bone grafts, the graft must be collected and used
as quickly as possible to facilitate cell survival after surgical
trauma [17]. An ideal scaffold should also be an osteocon-
ductive material that stimulates bone cells to grow on its
surface. Moreover, the osteoinductive capacity (the ability of
the biomaterial to induce proliferation and differentiation of
MSCs in preosteoblasts, which produce matrix) is essential
for bone healing.

These fundamental characteristics alone are insufficient
for the successful in vivo application of the bone scaffold.
To fabricate a bone scaffold, an ideal biomaterial must also
possess other properties, such as being bioinert, biocompat-
ible, bioactive, and biodegradable with suitable mechanical
properties. Furthermore, the biomaterial should also be
able to withstand sterilization to prevent infections and be
interconnected and demonstrate controlled porosity [17].
Moreover, it should be able to undergo efficient resorption at
the same time that the bone regenerates.

The scaffold-cell interaction must also ensure easy pen-
etration, distribution, and proliferation. The biomaterial
should be 90% porous with a suitable pore diameter to
enable the cells to penetrate the biomaterial, thus, ensuring
the growth of new bone tissue and optimal vascularization
[17]. Biocompatibility, however, remains the most essential
property that scaffolds must possess; in fact, the biomaterials
should not induce inflammatory responses in the body or
show any immunogenicity or cytotoxicity [24]. Furthermore,
from the industrial point of view, the manufacturing process
should be simple, fast, and cost-effective.However, it has been
considered difficult and challenging to fabricate a single ideal
biomaterial that encompasses all these features.

Finally, it is also essential that the scaffold biomaterial
must be efficiently resorbed with the deposition of new
bone tissue so that the new bone can replace it entirely,
while maintaining the shape and thickness [68]. Craniofacial
scaffolds (having several applications in dentistry) must fill
three-dimensionally complex defects and provide adequate
resistance to temporary load during regeneration. To meet
these requirements, it is fundamental to apply the modulus
of elasticity (or Young’s modulus “E”), described as the ratio

between the stress applied and the resulting deformation in
the biomaterial [18, 69, 70]. Since skull bones have an elastic
modulus between 100 and 30000MPa (which can be variable
in relation to the bone type and load zone), craniofacial scaf-
folds must have a similar elastic modulus to ensure resistance
to the loadwithout breaking [68].Themodulus of elasticity of
the material increases with its volume fraction, but increased
volume can decrease the permeability and, consequently, the
porosity of the material. Then, the volume (and density) of
the material will be directly proportional to its elasticity and
inversely proportional to its permeability. This indicates that
it is difficult to provide good elasticity and resistance to
the biomaterial, while concomitantly maintaining an optimal
permeability for cell colonization [19].

The numerous and different types of scaffolds have been
predominantly classified according to the intrinsic character-
istics of the biomaterials and placed inmacrogroups [20]. For
simplicity, we will discuss bone grafts, matrices, polymeric
materials, and combined (composite) scaffolds.

3.2. Bone Grafts. Bone grafts are classified as autologous,
homologous, heterologous (xenografts), and alloplastic
grafts. Currently, autologous bone graft is considered as the
gold standard among all bone grafts. In autologous bone graf-
ting, the donor’s own bone is taken from a healthy part of the
donor’s body and grafted in the affected region, minimizing
rejection issues. The donor sites can be intraoral or extraoral
[21, 70]. It is interesting to note the different properties of
the cortical and cancellous bone grafts. A cortical bone graft
provides good structural support and reduced resorption.
Nevertheless, due to its high density, revascularization of the
newly formed tissue is slow and difficult resulting in engraft-
ment delay. In contrast, a cancellous bone graft ensures early
revascularization, resulting in faster engraftment, lesser risk
of infection, and a shorter time for implant placement.

The allografts or allogeneic grafts are derived fromdonors
of the same species (usually from bone banks) but lose
many of their characteristics during the long and expensive
process of sterilization and decellularization. Although these
processes are necessary to minimize rejection or disease
transmission, they deprive the bone of its osteogenic prop-
erties, making it a simple, empty scaffold. These grafts can
be further classified as freeze-dried bone allograft (FDBA)
anddemineralized freeze-dried bone allograft (DFDBA) [22].
Due to their high manufacturing costs and increased rate
of resorption these types of grafts are limited to small and
medium defects used [25].

Xenografts are a cheaper alternative to allografts but
undergo similar sterilization procedures. They are animal-
derived grafts, mainly obtained from cattle, pigs, and horses.
Various studies have shown that these materials provide sup-
port and survival similar to those of autologous bone grafts,
but without the osteogenic properties. The deproteinized
bovine bone in sterilized granules or blocks is an example of
a xenograft commonly used in bone regeneration [26, 27].

Several alloplastic grafts, such as 𝛽-tricalcium phosphate
(𝛽-TCP), bioceramics, and hydroxyapatite (HA), have been
used for bone regeneration. They can be manufactured at
lesser costs compared to heterologous biomaterials; however,
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their resorption is not always ideal. Although inadequate
resorption does not cause problems in bone grafting for
mucosa-supported prosthesis, in preimplant grafting, the
residual grafted material could affect the osseointegration.

3.3. Matrices. A matrix is defined as a microscopic structure
inserted into the body to give form to a macroscopic and
organized structure [28]. Matrices are divided as organic and
inorganic matrices.

Organic matrices include collagen type I—the most
abundant protein in human and animal tissues, which is
required for the structural maintenance of tissues. Collagen
has also been included in the group of polymeric materials in
a subsequent section, where it will be discussed in detail.

All inorganic matrices have common features, such as
fragility, no susceptibility to corrosion, and small fatigue
resistance. The most significant property of inorganic matri-
ces is their long resorption time in the body associated
with the absence of any induced inflammatory response.
These materials have been used in dentistry since the 1980s;
however, none of them possesses the properties of osteoge-
nesis and bone induction [17]. HA and calcium phosphate
(CaP) are the commonly used inorganic matrices.CaP-based
inorganic matrices can be further classified as ceramic and
cement matrices. Ceramic matrices are divided into bioglass
(BG) and HA ceramics, whereas 𝛽-TCP is included in a
subgroup of cement matrices [17].

HA can be derived from animal bone, coral, or be man-
ufactured as purely synthetic HA. HA has several disad-
vantages that include reduced mechanical resistance, long
resorption time, and difficulty in controlling pore size [24].
The 𝛽-TCP-based scaffolds are preferred to HA-based scaf-
folds as they are easier tomanufacture and can be shapedwith
suitable morphologies and controlled pore sizes. Moreover,
the resorption rate of 𝛽-TCP-based scaffolds is 3–12-fold
faster than that of HA-based ones, but it is also equally dif-
ficult to precisely predict the time taken for their resorption.
𝛽-TCP-based scaffolds have low mechanical strength, which
further decreases with the increase in pore size and texture.
For these reasons, CaP cannot be used alone as a scaffold in
conditions of immediate loading [17].

The BG ceramics are biocompatible glass (approved by
the FDA) and entirely synthetic [29]. BG is composed of
oxides of silicon, sodium, calcium, phosphorus, and boron,
although the final chemical composition is extremely variable
according to the percentage of the various elements present.
For this reason, the final characteristics of the product will
differ in BGs, and it may be very difficult to clearly obtain
the final product properties, even after lengthy industrial
and chemical studies. It has also been shown that the high
percentage of ions released by the insertion of BG in the body
induces intra- and extracellular responses by stimulating
osteoblast differentiation and revascularization [30, 31, 33].
Moreover, BGs demonstrate controlled resorption in optimal
time, efficient bioactivity, and the ability to modulate cell
migration and can form chemical bonds with the tissues
with which they come in contact. If placed in contact with
a liquid medium, they form a layer of a hydroxycarbonate
gel of calcium and silica, which facilitates the absorption

of proteins used by osteoblasts to produce matrix [32].
Furthermore, BGs have an advantageous peculiarity in their
cortical bone-like modulus of elasticity [24], which can
support the revascularization, enzyme activity, adhesion,
growth, and differentiation of osteoblasts [17, 26]. Despite
these exceptional characteristics, this biomaterial has low
resistance to load, similar to other inorganicmatrices [24, 32].

3.4. PolymericMaterials. Polymericmaterials are classified as
natural and synthetic polymers. Natural polymers are organic
in origin and the most representative organic polymer is
collagen. Collagen is used in bone and periodontal regen-
eration, often in combination with other grafting materials
such as HA and 𝛽-TCP. Other organic polymers used as
scaffolds (but less frequently for bone regeneration) include
alginate, hyaluronic acid, chitosan, and peptide hydrogel [17].
Although these materials are biocompatible, they have a
major disadvantage in being water soluble. For this reason,
their use in bone regeneration is limited and they can be used
only in combination with other materials, such as HA and
TCP [17].

Synthetic polymers are manufactured industrially from
inorganic sources. They are classified as absorbable and
nonabsorbable polymers. The resorbable polyesters are pre-
dominant among synthetic polymers.They include polylactic
acid (PLA), polyglycolic acid (PGA), polylactic-polyglycolic
acid (PLGA), polyethylene glycol (PEG), PEG with PLGA
(PEG-PLGA), and polycaprolactone (PCL) [25].

The most nonabsorbable polymer used in bone regen-
eration is polytetrafluoroethylene-expanded (e-PTFE). This
polymer is used in the form of a membrane to cover bone
grafts and it is used as a barrier between the graftmaterial and
the soft tissues of the flap to inhibit the early onset of gingiva-
derived fibroblast formation, which could provoke scar tissue
formation, before the proliferation of osteoblasts. e-PTFE is
commonly anchored with metallic or synthetic absorbable
pins and subsequently removed before the implant placement
[32].

Collagen is a part of the bone matrix before primary ossi-
fication. It is biocompatible and biodegradable and has poor
mechanical properties. Since it is already present in the
body, it does not induce toxicity-based inflammatory or
immunological responses when grafted [34]. It can be easily
manipulated for the formation of 3D scaffolds with controlled
porosity. The increase in scaffold porosity diminishes its
mechanical characteristics [34]. The cytocompatibility of
this polymer also makes it an excellent substrate for the
proliferation of MSCs in vitro [35]. It is a hydrophilic
material, whose permeability is essential for cell migration.
The term permeability refers to the capacity of fluids to
pass through tissues or membranes, and thus, the higher
the scaffold compression, the greater the reduction in its
permeability. Consequently, collagen is not suitable as a
scaffold that can tolerate excessive loads, because as it gets
squeezed or compressed, the quality of the collagen scaffold
gets reduced [36]. Owing to its malleability, collagen is often
combined with other materials (PLA, PGA, BG, and HA) in
order to improve its mechanical characteristics, thus forming
a complex or composite scaffold. This material can also
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promote engraftment and cell differentiation [34]. Collagen
scaffolds have also been used to efficiently vehicle growth
factors, but this field of research is still under development
[17, 35].

PLA and PGA are synthetic polymers with excellent
biomaterial characteristics that are dependent on the ability
to control their synthesis, which influences the final surface
characteristics [37]. Quantitatively, there are no limitations
to their production and they are degraded in the body
by chemicals and not cell-mediated processes [38]. The
PLA and PGA polymers are cleaved into their respective
monomers (lactic acid and glycolic acid, resp.) that are
eliminated through different metabolic pathways.Their rapid
degradation is also a disadvantage as it could cause early
failure of the graft. Additionally, intracellular degradation
of an acid can induce an inflammatory response [37, 39].
To reduce inflammation, hybrid scaffolds have been created,
combining PLA and PGA with BGs and CaP [38, 40]. These
polymers also have other disadvantages, such as lowmechan-
ical strength, difficulties associated with their production,
and their uncertain interaction with cells. PGA degrades
more rapidly than PLA. However, both are degraded too
quickly for bone regeneration. Due to this reason, they are
never used individually, but only as a combination in the form
of PLGA 12 : 13 [24].

The polylactic-polyglycolic acid (PLGA) is a copolymer
obtained by the union of lactic and glycolic acid through
ester bonds.The composition of the final polymer chains will
influence the degradation time, prolonging the half-life of
the composite polymer in the oral cavity once applied in situ
[35]. The different relationships between the two monomers
and the different sequences that can be obtained greatly
increase the variability of the final scaffold used in clinical
practice, with several different formulations and resorption
times. The 50 : 50 combination of PLA and PGA is less
resistant, while the presence of the right- and left-handed
monomers increases the resistance of the biomaterial [24].
The relationship between hydrophilicity and hydrophobicity
and the balance of the crystalline structure, in turn, increases
resorption times. It is also possible to control themorphology
and diameter of the pores, as well as all other surface
features [37, 39]. Currently, this polymeric bone substitute is
extensively used for bone regeneration in dentistry and it has
been combinedwith growth factors andMSCs to obtain good
results [37]. Moreover, it can be fabricated in different forms:
hydrogels, microspheres, blocks, and fibers [37, 39].

PEG is a polyether with a high molecular weight and is
very resistant to resorption. It has been used in combination
with MSCs and peptides with good results; in addition, it
has been used as a scaffold for neuronal regeneration in the
treatment of pathologies of the central nervous system [35].

PCL is an aliphatic polyester that is lesser known among
the synthetic polymers. It has good mechanical characteris-
tics and very long resorption times (of up to three years) and
degrades via hydrolysis of the ester bonds [24]. It has been
combined with HA and chitosan to form hybrid scaffolds
with better mechanical resistance and has also been used in
association with MSCs and growth factors [24, 41, 42].

3.5. Composite Scaffolds. The scaffolds described in the
preceding sections are the most commonly used scaffolds
in bone regeneration in dentistry. In some cases, it is
possible to combine some of these materials to improve
their mechanical characteristics and osteoconductivity. In
fact, the wide range of biomaterials can be further widened
if we consider combined (composite) scaffolds, obtained
by the union of several components. Composite scaffolds
obtained when PLA is enriched with dicalcium phosphate
[38] or PGA and PLGA are combined with HA or 𝛽-TCP
and can increase the degradation time and improve the
mechanical properties of the scaffolds [36, 43, 44]. Scaffolds
containing HA reinforced with collagen have been developed
to overcome the mechanical strength limitations of collagen
and stimulate the differentiation of stromal cells in vitro
and in vivo [45]. Collagen was also enriched with growth
factors to induce osteogenesis or associated with MSCs and
polypeptides in order to improve cellular colonization [35,
46, 47]. Furthermore, other novel combined scaffolds have
also been developed, such as PCL and bioactive glass coated
with magnesium to implement bioactivity [48]. Metallic
magnesium was also used in association with PLGA in order
to stimulate in vitro stromal cells proliferation [71]. Even
though the combination of different materials is usually
convenient, it is essential that the design of these combined
scaffolds must be accurate in order to optimize the results,
minimize the disadvantages of eachmaterial, and enhance the
advantageous properties.

Scaffolds enriched with HA have had the best outcomes
in maxillofacial surgery [43]. In particular, different collagen
formulations enriched with nano-HA have been created to
increase migration and differentiation of progenitor cells
involved in bone regeneration [45, 72]. These scaffolds were
also tested in vitro with MSCs with the aim to graft bioactive
scaffolds enriched with them [71]. PLGA scaffolds have
been enriched with HA to slow the graft resorption time
and enhance the mechanical properties; surprisingly, this
combination also increased cell engraftment and the amount
of newly formed bone tissue [43, 44].

4. Scaffolds with Stem Cells

Several scaffolds currently used in dental tissue engineering
have been discussed in this review. Each biomaterial has a
specific chemistry, composition and structure, and degrada-
tion profile and offers the possibility for modification. The
combination of these scaffolds with stem cells represents the
gold standard for future clinical treatments in dentistry-based
bone regeneration approaches [1]. Different research groups
and researchers have extensively described the positive asso-
ciation between scaffold and stem cells for bone regeneration.
For this reason, the in-depth understanding of the molecular
interactions between different scaffolds, stem cells, and their
in situ microenvironment remains the main objective that
needs to be achieved in regenerative medicine.

Among the organic scaffolds, collagen, despite its poor
mechanical properties, is one of the most investigated mate-
rials. Its cytocompatibility and hydrophilicity make it perfect
for cell adhesion in short time periods and, as an organic
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matrix, it effectively promotes cell viability, proliferation,
and adhesion to the scaffold material [15]. The association
between collagenous scaffold and stem cells has been exten-
sively studied in vitro by evaluating the specific cell behavior,
as well as in vivo both in animal studies and in human
clinical trials. In particular, Kawase et al. demonstrated that
the periosteum sheets coated with collagen enhanced initial
adhesion of periosteum segments, improved cell growth,
and increased the efficiency of implantation in periodontal
therapy [47]. Moreover, the combination of poly-dL-lactic
acid (PDLLA) and collagen promoted cell proliferation and
osteogenic differentiation of MSCs as compared to MSCs
seeded on the simple PDLLA/gelatine scaffolds [46, 47].
Zhang et al. showed that newly formed tissue, regenerated by
DPSCs seeded on collagen sponges in vivo, appeared to be
similar to connective tissues rather than dentin-like tissues
[32, 73]. For this reason, collagen sponges are frequently
used in combination with other materials, such as HA or
PLGA, in order to enhance the mechanical properties of
the scaffold and to overcome the inadequate production of
mineral matrix deposition [31–33]. However, further studies
will be necessary in this field before human clinical trials can
be conducted.

Inorganic matrices have been studied in vivo and in
vitro. HA is a commonly used scaffold in regenerative oral
surgery in combination with stem cells. Several studies have
shown that a scaffold composed of porous HA and MSCs
with controlled and interconnected porosity facilitate bone
regeneration, promoting the deposition of more bone matrix
than simple HA [4, 41, 72]. However, poor cell adhesion and
fast resorption remained the major problems associated with
this biomaterial.

Calcium phosphate, dicalcium phosphate, and TCP are
inorganic matrices widely used as scaffolds for their excellent
mechanical and physical properties [27]. Their slow resorp-
tion and the ability to form chemical bonds with tissues
make them suitable for bone regeneration. Gandhimathi et
al. demonstrated that the physicochemical characteristics of
these matrices promote cell communication, which results in
matrix production [74]. In contrast, other studies [28, 74–
77] have shown that, owing to the strong hydrophobicity
of this material, it does not promote cell adhesion. Surface
treatments or associationwith biomolecules, such as collagen,
alginate, or polypeptides, are therefore necessary to facilitate
the interaction between the cells and the biomaterial [75].
In fact, Wang et al. demonstrated that the incorporation
of MSCs in nanoparticles mixed with calcium phosphate
cements (CPC), inserted into cranial defects in nude rats,
promoted bone regeneration [28]. Thus, these scaffolds are
suitable for bone regeneration, showing good results in newly
formed bone volumes in animal studies [75, 78].

Among many polymeric materials that have been widely
studied and used in dentistry, PLGA has shown biocompati-
bility and good physical properties with suitable resorption
times. For this reason, it is extensively used in dental
procedure for bone healing [4]. Similar to calcium-based
scaffolds, PLGA shows high hydrophobicity that entails the
modification of PLGA surface in order to improve cell
adhesion [79–81]. In fact, Chuenjitkuntaworn et al. showed

that a novel fabricated 3D-PCL/HA scaffold possessed a good
biocompatibility for osteoblasts, supporting cell growth and
calcium deposition of three kinds of mesenchymal stem
cells (DPSCs, BMSCs, and SHED) [79]. Other studies have
suggested the potential roles of combined scaffolds of PLGA
and PCL and organic matrices of collagen and MSCs in bone
restoration by the creation of functional synthetic substitutes
[45, 62, 81]. Graziano et al. demonstrated that the concave
surface of PLGA 85 : 15, HA chips, and titanium increase
cellular activity, matrix deposition, and the expression of
bone-specific genes of human DPSCs in vitro [81]. Ryan
et al. demonstrated that PLGA/PCL and HA/TCP scaffolds
promoted in vitro cartilage matrices, whereas the in vivo
application of these scaffolds supported progressive lamellar-
like bone formation with mature bone marrow development
for up to 8 weeks in mice [82].

We reviewed the most widely used biomaterials for scaf-
folds in oral implantology and oral surgery that are detailed
in Table 1. Thus far, the literature suggests that it has not been
possible to develop the “perfect” scaffold for maxillary bone
regeneration. However, we can infer that the combination
of different biomaterials represents the goal for future tissue
engineering studies and clinical trials in dentistry.

5. Conclusion

Currently, dentists can select from among several bioma-
terials with different characteristics for bone regenerative
surgery. Recent studies have shown that the use of combined
scaffolds supplemented with mesenchymal stem cells is a safe
procedure with predictable successful outcomes. In fact, sev-
eral studies have demonstrated a good interaction between
organic or inorganic scaffolds and adult stem cells in vitro.
Thus, tissue engineering approaches have significantly and
successfully enhanced the potential for bone regeneration
in in vivo grafts. In the future, we will be able to develop
custom-made 3D composite scaffolds that can be graftedwith
stem cells and precisely tailored to complement the exact
shape of the bone defect.Therefore, future studies are needed
to optimize approaches to facilitate complete restoration of
defects in both hard and soft tissues.
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The primary cause of death among chronic diseases worldwide is ischemic cardiovascular diseases, such as stroke and myocardial
infarction. Recent evidence indicates that adult stem cell therapies involving cardiovascular regeneration represent promising
strategies to treat cardiovascular diseases. Owing to their immunomodulatory properties and vascular repair capabilities,
mesenchymal stem cells (MSCs) are strong candidate therapeutic stem cells for use in cardiovascular regeneration. However, major
limitationsmust be overcome, including their very low survival rate in ischemic lesion. Various attempts have beenmade to improve
the poor survival and longevity of engrafted MSCs. In order to develop novel therapeutic strategies, it is necessary to first identify
stem cell modulators for intracellular signal triggering or niche activation. One promising therapeutic strategy is the priming of
therapeutic MSCs with stem cell modulators before transplantation. Another is a tissue engineering-based therapeutic strategy
involving a cell scaffold, a cell-protein-scaffold architecture made of biomaterials such as ECM or hydrogel, and cell patch- and
3D printing-based tissue engineering. This review focuses on the current clinical applications of MSCs for treating cardiovascular
diseases and highlights several therapeutic strategies for promoting the therapeutic efficacy of MSCs in vitro or in vivo from cell
priming to tissue engineering strategies, for use in cardiovascular regeneration.

1. Introduction

The World Health Organization (WHO) announced that
the leading cause of death among chronic diseases world-
wide is ischemic cardiovascular diseases, such as stroke and
myocardial infarction (MI) [1]. Cardiovascular disease is
caused by fat accumulation, platelet aggregation, and blood
clots formation in the lining of blood vessels. Cardiovascular
disease encompasses a very broad range of conditions, such
as heart diseases, including MI, hypertension, heart failure,
arrhythmias, cardiomyopathy, and ischemic heart disease due
to atherosclerosis progression and vascular disease including
peripheral vascular disease and stroke [2].

The treatment approach for themajority of cardiovascular
disease is to administer drugs, and some cases may require
surgery such as coronary angioplasty with stent insertion

into the narrowed blood vessel to normalize blood flow
through the coronary artery and coronary artery bypass
[3]. In addition, gene therapy has been applied to treat
cardiovascular disease [4]. In particular, phase II clinical
trials of therapeutic angiogenesis using gene therapy are in
progress, and the method is expected to be available soon
for clinical use. The incidence of cardiovascular disease has
continued to increase, and aside from transplantation, other
therapies, despite recent advances in heart treatments, cannot
fundamentally remedy the major etiology of cardiovascular
disease; thus, there is a limit to howmuch treatment outcomes
can be improved with the current approaches [5]. Although
various studies have been conducted to overcome the limi-
tations of cardiovascular therapies, stem cell therapy using
several types of stem cells such as hematopoietic stem cells
(HSCs), mesenchymal stem cells (MSCs), cardiac stem cells
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(CSCs), and endothelial progenitor cells (EPCs) provides an
alternative approach, and remarkable advances have been
made in clinical and basic research [6].

Several reasons favor the clinical and therapeutic appli-
cation of adult stem cells over embryonic stem cells (ESCs),
including controlled proliferation, exceptional reliability, and
a site-specific differentiation ability [7]. Among adult stem
cells, MSCs are frequently used to treat the most common
cardiovascular diseases. MSCs can be found in the bonemar-
row (BM), adipose tissue, umbilical cord blood (UCB), and
many other tissues. They have self-renewing properties and
aremultipotent progenitor cells that can differentiate into var-
ious lineages such as osteocytes, chondrocytes, adipocytes,
and myocytes [8–11]. MSCs also have immunomodulatory
properties [12, 13]. In addition, MSCs are unlikely to lead
to immune rejection because of their low expression of
CD40, CD80, and CD86, as well as MHC class I molecules
[14, 15]. The therapeutic benefit of this approach is based
on the potency of secretion of beneficial cytokines and
growth factors for tissue repair/regeneration, as well as the
immunomodulation effect and/or their differentiation for
regenerating damaged organs [16].

MSCs can be applied for cardiovascular regeneration
and provide therapeutic benefit for cardiovascular disease.
However, MSCs have several disadvantages regarding their
therapeutic application, including their very low survival
rate in vivo and integration rate into the host cells after
transplantation [17]. Another limitation is the low accuracy
in delivering the stem cells to the damaged site [18]. Various
attempts have been made to improve the poor survival and
longevity of engrafted MSCs. The first step in developing
therapeutic strategies is the identification of more effective
reagents for promoting the ability of stem cells via under-
standing stem cell nichemodulators. An emerging promising
therapeutic strategy is the preconditioning of MSCs before
transplantation using cytokines and natural compounds that
induce intracellular signaling or niche stimulation through
paracrine mechanisms [19]. Another is a tissue engineering-
based therapeutic strategy involving a cell scaffold, a cell-
protein-scaffold architecture made of biomaterials such as
ECM or hydrogel, and cell patch- and 3D printing-based
tissue engineering, to enhance cell survival via cell-cell
communication or cell-scaffold interactions [20].

This review focuses on promising cell therapeutic strate-
gies for MSC therapy against cardiovascular diseases and
introduces a variety of studies designed to promote the ther-
apeutic efficacy of MSCs in vitro or in vivo from cell priming
strategies to tissue engineering strategies for cardiovascular
regeneration.

2. Characterization of MSCs

The term “mesenchymal stem cells” was introduced by
Caplan in the early 1990s [21], although nonhematopoietic,
“mesenchymal” precursor cells were first described in the
1970s by Friedenstein et al. as a population of bone marrow
stromal cells capable of mesodermal differentiation and
trophic support of hematopoiesis [22, 23].

MSCs are present in almost all tissues of the body and
are located in the perivascular space [24]. They can also
be isolated from other sources, such as adipose tissue [25–
30], cartilage [31, 32], umbilical cord blood [33–36], and
peripheral blood [37]. In addition, MSCs can be derived
from many different organs and tissues, including the brain,
spleen, liver, kidney, lung, bonemarrow,muscle, thymus, and
pancreas [38].

The Mesenchymal and Tissue Stem Cell Committee of
the International Society for Cellular Therapy (ISCT) set
minimal criteria in 2001 for defining MSCs. They must
be plastic-adherent when maintained in standard culture
conditions. Second, MSCs must express CD105, CD73, and
CD90 and lack the expression of CD45, CD34, CD14, or
CD11b; CD79𝛼 or CD19; and HLA-DR surface molecules
as assessed by fluorescence-activated cell sorter analysis.
Third, MSCs must be able to differentiate into osteoblasts,
adipocytes and chondroblasts in vitro [39, 40]. Other sur-
face markers generally expressed by MSCs include CD9,
CD105 (SH2), CD73 (SH3/4), CD44, CD90 (Thy-1), CD71,
CD106 (vascular cell adhesionmolecule- [VCAM-] 1), CD166
(activated leukocyte cell adhesion molecule [ALCAM]),
intercellular adhesion molecule- (ICAM-) 1, and CD29 [9,
14, 41, 42]. Stem cells are characterized by their ability to
self-renew, clone, and differentiate into multiple tissues [6].
MSCs are a pluripotent cell type that can differentiate into
several distinct lineages, including mesodermal lineage cells
(osteoblasts, chondrocytes, and adipocytes) [9, 43, 44] and
myogenic lineage [45]. Adipogenic differentiation is induced
with FBS in medium supplemented with dexamethasone,
insulin, isobutylmethyl xanthine, and indomethacin.Thedif-
ferentiation can be confirmed by the staining of lipid vacuoles
with oil red O [46, 47] and measuring the levels of several
proteins, including PPAR 𝛾, fatty acid-binding protein aP2,
and lipoprotein lipase [27]. For osteogenic differentiation,
MSCs are treated with ascorbic acid, beta-glycerophosphate,
anddexamethasone.Thedifferentiation is confirmed increase
in alkaline phosphatase activity and calcium deposition [47,
48]. Chondrogenic differentiation is induced by culture with
serum-freemedium supplementedwith transforming growth
factor-beta (TGF-𝛽), resulting in an increase in the levels of
highly glycosaminoglycan and type II collagen [46, 49].

Recently, in vivo studies demonstrated that human
MSCs transdifferentiate into endoderm-derived cells and
cardiomyocytes [50–52], and MSCs transdifferentiated into
a cardiomyocyte-phenotype [53]. Animal preclinical studies
of MSC administration in post-MI hearts revealed the ability
of MSCs to engraft, differentiate, and produce substantial
functional recovery [54–57]. In recent years, MSCs therapy
has been translated to clinical trials for ischemic heart disease
[58–60].

3. Clinical Trials Using MSCs against
Cardiovascular Diseases

Cell-based treatments represent a new generation in the
evolution of biological therapeutics. A prototypic cell-based
therapy for heart failure usingMSCs has successfully reached
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the pivotal phase III trials, indicating adequate safety and
efficacy data from phases I and II trials. Successful phase III
trials can lead to the approval of a new biologic therapy for
regenerative medicine [61]. There have been about 43 clinical
trials using MSCs in relation to cardiovascular regeneration
registered with clinicaltrials.gov (Table 1, a web-based service
by the US National Institute of Health). Among the MSC-
based clinical trials, studies designed to treat cardiovascular
disease represent a substantial proportion (14.8%) [62]. On
the basis of the rigorous preclinical testing highlighted above
that demonstrated the safety of MSC delivery to patients
with cardiac disease, clinical trials have been initiated for
both acute MI and ischemic cardiomyopathy. The results
of a clinical trial of autologous MSC transplantation might
aid in improving the long-term survival of patients with
severe heart failure and significantly reduce hospitalizations
for worsening angina [63]. A much smaller study revealed
that both autologous BM MNCs and expanded BM MSCs
reduced myocardial scarring by 3 months, indicating the
stimulation of beneficial tissue remodeling [64]. The intra-
coronary administration of MSCs has been shown to have a
minor benefit on the left ventricular ejection fraction [65],
and a meta-analysis of cell therapies involving intracoronary
administration found that there was no clinical benefit
for left ventricular function [66]. The four clinical trials
of plasmonic photothermal therapy (PPTT) using silica-
gold nanoparticles demonstrated the significant regression
of coronary atherosclerosis [67]. In an early stage study
of patients with ICM, the transendocardial injections of
allogeneic and autologous MSCs without a placebo control
were both associated with low rates of treatment-emergent
SAEs, including immunologic reactions [68]. Transendocar-
dial stem cell injection with MSCs or BMCs appeared to
be safe for patients with chronic ischemic cardiomyopathy
and LV dysfunction [69]. The intramyocardial injection of
autologous MSCs into akinetic but nonrevascularized seg-
ments produced comprehensive regional functional restitu-
tion, which in turn drove improvement in global LV function.
These findings, although inconclusive because of the lack of a
placebo group, have important therapeutic and mechanistic
hypothesis-generating implications [70].

4. Understanding MSC Biology for
Tissue Regeneration

4.1. EnhancingMSC Survival for Cardiovascular Regeneration.
In ischemic sites of ischemia-reperfusion injuries, cardiomy-
ocytes undergo apoptosis [71]. Accumulating evidence clearly
indicates that activated Akt signals protect cardiomyocytes
from apoptosis. Similarly, transduced Akt in MSCs signif-
icantly enhanced their stem cell function in an in vivo
rat model [72]. Lim et al. investigated the pivotal role of
Akt-transduced MSCs in the ischemic porcine heart [55].
When applied to MI, Akt-MSCs administration increased
the left ventricular ejection fraction and decreased the area
of MI. Notably, Akt-MSCs have an enhanced cell survival
ratio with augmented expression levels of ERK and VEGF,
suggesting that administering Akt-transduced MSCs might

be a promising therapeutic strategy for treating human
patients with cardiovascular diseases.

Epidermal growth factor (EGF) is a well-known cytokine
involved in cell growth and vascular tissue repair. In gen-
eral, EGF binds to the EGF receptor (EGFR) and acti-
vates extracellular-regulated kinase (ERK) and Akt-mediated
intracellular signaling pathways, resulting in increased cel-
lular activities, including cell adhesion, migration, prolifera-
tion, and cell survival. Recently, it was reported that MSCs
stimulated by soluble EGF induced EGFR signaling and
promoted the upregulation of migration and proliferation
[73]. Fan et al. also studied the pivotal role of surface-tethered
EGF in MSC survival [74]. The proportion of total ERK
that was phosphorylated was strongly linked to improved
cell spreading and cell survival in tEGF-polymer conditions.
Under these severe culture conditions, tEGF-polymer pro-
tected MSCs from FasL and eventually increased the survival
rate, suggesting that tethered EGF might have protective
functions in transplanted MSCs during acute inflammatory
reactions.

Vascular endothelial growth factor (VEGF) has a pivotal
role in cardiovascular regeneration. When MSCs isolated
from B6 mice were cocultured with VEGF peptide, the
primed MSCs exhibited reduced levels of cellular stress and
higher expression of prosurvival factors via phosphorylation
of Akt and Bcl-xL. The administration of MSCs primed
with VEGF peptide in an MI disease model resulted in
improved cardiac function via enhanced cell engraftment and
cell survival capabilities, indicating that VEGF protectsMSCs
from cellular stress, leading to enhanced cardiac function and
cardiovascular regeneration.

4.2. Enhancing MSC Proliferation for Cardiovascular Regener-
ation. In the human body, the subpopulations of MSCs are
very small. Healthy MSCs dramatically activate their self-
renewal signaling pathway when required. After the onset
of an injury caused by ischemic cardiovascular diseases, an
insufficient MSC number leads to impaired tissue regen-
eration. Furthermore, the clinical use of MSCs for tissue
regeneration has been limited mainly because they have a
low proliferation rate and progressively lose their stem cell
properties during in vitro expansion. To overcome these
limitations, many research groups have studied the signaling
cascades associated with MSC proliferation and identified
pivotal modulators for MSC proliferation for use in the
treatment of cardiovascular diseases [75].

Octamer-binding transcription factor 4 (Oct4) and sex
determining region Y-box 2 (Sox2) are pluripotent stem
cell-specific factors. The pivotal roles of these two factors
in maintaining MSC stemness and proliferation have been
studied [76, 77]. Although early passage MSCs express Oct4
and Sox2 at low levels, their expression levels decrease as
the passage number increases. To improveMSC proliferation
and stemness, human adipose tissue MSCs (ATMSCs) were
transfected with Oct4 and Sox2 [78], and the MSCs that
expressed Oct4 and Sox2 exhibited enhanced proliferative
activity.This result wasmediated by the upregulation of cyclin
D1, indicating that the transition of cells from G1 to S phase
might be accelerated.
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Table 1: Clinical trials with mesenchymal stem cells (https://clinicaltrials.gov/).

Study Year
(country) Study status Age Number

treated Phase Study ID

1 Mesenchymal Stem Cells and Myocardial Ischemia 2010–2014
(France) Completed 18 years

and older 10 Phase 1
Phase 2 NCT01076920

2 Administration of Mesenchymal Stem Cells in Patients
with Chronic Ischemic Cardiomyopathy (MESAMI2)

2015-2016
(France) Ongoing 18 years to

75 years 90 Phase 2 NCT02462330

3 Stem Cell Therapy for Vasculogenesis in Patients with
Severe Myocardial Ischemia

2009–2013
(Denmark) Completed 30 years to

80 years 31 Phase 1
Phase 2 NCT00260338

4 Human Umbilical-Cord-Derived Mesenchymal Stem
Cell Therapy in Ischemic Cardiomyopathy

2015–2018
(China) Ongoing 18 years to

80 years 40 Phase 1
Phase 2 NCT02439541

5 MesenchYmal STROMAL CELLTherapy in Patients with
Chronic Myocardial Ischemia (MyStromalCell Trial)

2010–2014
(Denmark) Completed 30 years to

80 years 60 Phase 2 NCT01449032

6 Safety and Exploratory Efficacy Study of UCMSCs in
Patients With Ischemic Heart Disease (SEESUPIHD)

2016-2017
(China) Ongoing 18 years to

70 years 64 Phase 1
Phase 2 NCT02666391

7
Intracoronary Autologous Mesenchymal Stem Cells
Implantation in Patients with Ischemic Dilated

Cardiomyopathy

2012–2015
(Malaysia) Ongoing 35 years to

75 years 80 Phase 2 NCT01720888

8 Therapy of Preconditioned Autologous BMMSCs for
Patients With Ischemic Heart Disease

2015–2017
(China) Ongoing up to 75

years 200 Phase 1
Phase 2 NCT02504437

9 The TRansendocardial Stem Cell Injection Delivery
Effects on Neomyogenesis STudy (The TRIDENT Study)

2013–2017
(USA) Ongoing 21 years to

90 years 30 Phase 2 NCT02013674

10 Mesenchymal Stem Cell Administration in the Treatment
of Coronary Graft Disease in Heart Transplant Patients

2014–2017
(France) Ongoing 18 years to

80 years 14 Phase 1
Phase 2 NCT02472002

11
Safety and Efficacy of Intracoronary Adult Human
Mesenchymal Stem Cells after Acute Myocardial

Infarction

2007–2011
(Korea) Completed 18 years to

70 years 80 Phase 2
Phase 3 NCT01392105

12 Human Umbilical Cord Stroma MSC in Myocardial
Infarction

2014–2017
(Turky) Ongoing 30 years to

80 years 79 Phase 1
Phase 2 NCT02323477

13 Stem Cell Injection to Treat Heart Damage during Open
Heart Surgery

2012–2020
(USA) Ongoing 18 years to

85 years 60 Phase 1 NCT01557543

14 Safety Study of Adult Mesenchymal Stem Cells (MSC) to
Treat Acute Myocardial Infarction

2005–2014
(Australia) Completed 21 years to

85 years 53 Phase 1 NCT00114452

15

RELIEF (A Randomized, Open labEled, muLticenter
Trial for Safety and Efficacy of Intracoronary Adult
Human Mesenchymal stEm Cells Acute Myocardial

inFarction)

2012–2016
(Korea) Ongoing 20 years to

70 years 135 Phase 3 NCT01652209

16
Intracoronary HumanWharton’s Jelly-Derived
Mesenchymal Stem Cells (WJ-MSCs) Transfer in
Patients with Acute Myocardial Infarction (AMI)

2011–2015
(China) Completed 18 years

and older 160 Phase 2 NCT01291329

17 Ex Vivo Cultured Bone Marrow Derived Allogenic MSCs
in AMI

2009–2013
(India) Completed 20 years to

70 years 20 Phase 1
Phase 2 NCT00883727

18
“ESTIMATION Study” for Endocardial Mesenchymal

Stem Cells Implantation in Patients after Acute
Myocardial Infarction

2011–2016
(Russia) Ongoing 30 years to

75 years 50 Phase 3 NCT01394432

19 Prochymal� (Human Adult Stem Cells) Intravenous
Infusion following Acute Myocardial Infarction (AMI)

2009–2016
(Australia) Ongoing 21 years to

85 years 220 Phase 2 NCT00877903

20 Plasmonic Nanophotothermic Therapy of
Atherosclerosis

2007–2015
(Russia)

Completed
Has results

45 years to
65 years 180 Phase 1

Phase 2 NCT01270139

21
The Percutaneous Stem Cell Injection Delivery Effects on

Neomyogenesis Pilot Study (The POSEIDON-Pilot
Study)

2010–2015
(USA)

Completed
Has results

21 years to
90 years 31 Phase 1

Phase 2 NCT01087996

22 The Transendocardial Autologous Cells (hMSC or
hBMC) in Ischemic Heart Failure Trial (TAC-HFT)

2008–2015
(USA)

Completed
Has results

21 years to
90 years 65 Phase 1

Phase 2 NCT00768066

23 Safety and Efficacy Study of Stem Cell Transplantation to
Treat Dilated Cardiomyopathy

2013–2015
(Slovenia,
USA)

Completed 18 years to
80 years 110 Phase 2 NCT00629018

https://clinicaltrials.gov/
https://clinicaltrials.gov/ct2/show/NCT01076920
https://clinicaltrials.gov/ct2/show/NCT02462330
https://clinicaltrials.gov/ct2/show/NCT00260338
https://clinicaltrials.gov/ct2/show/NCT02439541
https://clinicaltrials.gov/ct2/show/NCT01449032
https://clinicaltrials.gov/ct2/show/NCT02666391
https://clinicaltrials.gov/ct2/show/NCT01720888
https://clinicaltrials.gov/ct2/show/NCT02504437
https://clinicaltrials.gov/ct2/show/NCT02013674
https://clinicaltrials.gov/ct2/show/NCT02472002
https://clinicaltrials.gov/ct2/show/NCT01392105
https://clinicaltrials.gov/ct2/show/NCT02323477
https://clinicaltrials.gov/ct2/show/NCT01557543
https://www.clinicaltrials.gov/ct2/show/NCT00114452
https://clinicaltrials.gov/ct2/show/NCT01652209
https://clinicaltrials.gov/ct2/show/NCT01291329
https://clinicaltrials.gov/ct2/show/NCT00883727
https://clinicaltrials.gov/ct2/show/NCT01394432
https://clinicaltrials.gov/ct2/show/NCT00877903
https://clinicaltrials.gov/ct2/show/NCT01270139
https://clinicaltrials.gov/ct2/show/NCT01087996
https://clinicaltrials.gov/ct2/show/NCT00768066
https://clinicaltrials.gov/ct2/show/NCT00629018
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Table 1: Continued.

Study Year
(country) Study status Age Number

treated Phase Study ID

24
Prospective Randomized Study of Mesenchymal Stem
Cell Therapy in Patients Undergoing Cardiac Surgery

(PROMETHEUS)

2007–2015
(USA)

Completed
Has results

21 years to
80 years 9 Phase 1

Phase 2 NCT00587990

25
Human Umbilical Cord-derived Mesenchymal Stem

Cells with Injectable Collagen Scaffold Transplantation
for Chronic Ischemic Cardiomyopathy

2015–2018
(China) Ongoing 35 years to

65 years 45 Phase 1
Phase 2 NCT02635464

26
The Effect of Mobilized Stem Cell by G-CSF and VEGF
GeneTherapy in Patients with Stable Severe Angina

Pectoris

2003–2011
(Denmark) Completed 20 years to

80 years 48 Phase 1
Phase 2 NCT00135850

27 Plasmonic Photothermal and Stem Cell Therapy of
Atherosclerosis versus Stenting

2010–2015
(Russia) Terminated 45 years to

65 years 62 Phase 1 NCT01436123

28 Clinical Trial of Autologous Adipose Tissue Derived
Stromal Cell Therapy for Ischemic Heart Failure

2012–2014
(Japan)

Enrolling by
invitation

20 years
and older 6 — NCT01709279

29 Safety Study of Allogeneic Mesenchymal Precursor Cell
Infusion in MyoCardial Infarction

2012–2015
(USA) Ongoing 18 years

and older 225 Phase 2 NCT01781390

30
PercutaneOus StEm Cell Injection Delivery Effects On

Neomyogenesis in Dilated CardioMyopathy (The
POSEIDON-DCM Study)

2011–2016
(USA) Ongoing 18 years to

95 years 36 Phase 1
Phase 2 NCT01392625

The Wnt signaling pathway regulates cell proliferation
and cell fate determination [79].The canonicalWnt signaling
pathway is a well-known Wnt signaling pathway involved in
stem cell biology. Wnt ligands secreted from a cell can affect
the cell itself (autocrine) or neighboring cells (paracrine),
and they bind to their receptor, low-density lipoprotein
receptor-related protein (LRP) 5/6. As a result, stabilized 𝛽-
catenin is translocated to the nucleus, where it upregulates its
downstream genes. Activation of the canonicalWnt signaling
pathway in stem cells results in increased proliferation or self-
renewal activity in ESCs, neural stem cells (NSCs) [80], and
HSCs [81]. In addition to previous studies on stem cells, MSC
regulation by Wnt signaling pathways has been investigated.
When adult MSCs are treated with Wnt3a ligand, a typical
ligand for the canonical Wnt signaling pathway, the MSCs
exhibit enhanced proliferation, but decreased apoptosis [82].
However, treatment with secreted frizzled-related protein 3,
a canonical Wnt signaling inhibitor, had opposite effects on
MSCs. Another research group used lithium as a proliferation
activator [83] to target glycogen synthase kinase-3𝛽 (GSK-
3𝛽), a downstream protein in the canonical Wnt signaling
pathway.When BM-derivedMSCs were treated with lithium,
the proportion of cells in S phase and expression levels of
cyclin D1 were significantly increased. In contrast, Wnt5a, a
noncanonical Wnt member, has been reported to promote
MSC differentiation [84, 85], suggesting that a distinct
mechanism ofWnt ligand-mediatedMSC signaling might be
involved.

Estrogen is the primary female sex hormone and controls
the female reproductive system and secondary sex charac-
teristics, indicating its multifunctional roles in many tissues.
Similar to many other types of cells, MSCs have estrogen
receptor (𝛼 and𝛽), suggesting that estrogenmight affectMSC
function. Estradiol (E2), a major form of estrogen, was found
to affect MSC proliferation [86]. 17-𝛽 estradiol-pretreated

MSCs exhibited a significantly increased proliferation rate in
vitro, although it did not alter theMSCphenotypes, including
the surface marker expression of MSCs such as CD105 and
CD166. Based on these data, 17-𝛽 estradiolmight be a priming
agent for enhancing MSC function in practical applications.

4.3. EnhancingMSCHoming for Cardiovascular Regeneration.
The process of delivering cells to injured tissues is called
“homing,” which is induced in response to a diverse array
of molecules including chemokines and growth factors. To
overcome the insufficient number of homed MSCs, many
researchers have investigated the pivotal regulators of MSC
homing to ischemic sites.

MSCs strongly express CXC chemokine receptor 4
(CXCR4) on their surface. Stromal-derived factor-1 (SDF-
1), which is secreted from ischemic tissues, binds to CXCR4
on the MSC surface, inducing MSC migration to injured
sites. In line with this mechanism, MSCs were retrovirally
transduced with a CXCR4 overexpression vector and pre-
clinically applied to an MI disease model [87]. As a result,
there were an increased cell number of transplanted cells, and
echocardiographic imaging of the MI area showed less ante-
rior wall thinning and improvement in the left ventricular
(LV) chamber dimensions.

Arachidonic acid (AA) is a polyunsaturated omega-6
fatty acid found in the cell’s membrane, and it plays a
critical role as a lipid second messenger. Although it has
been reported that injured tissues release large amounts
of AA, the detailed and precise mechanism is not fully
understood. The effect of AA on skin wound healing was
studied with human umbilical cord blood-derived MSCs
(hUCB-MSCs) [88], and preconditiong hUCB-MSCs with
AA improvedwoundhealing, reepithelization, and angiogen-
esis. AA activates mammalian target of rapamycin complex

https://clinicaltrials.gov/ct2/show/NCT00587990
https://clinicaltrials.gov/ct2/show/NCT02635464
https://clinicaltrials.gov/ct2/show/NCT00135850
https://clinicaltrials.gov/ct2/show/NCT01436123
https://clinicaltrials.gov/ct2/show/NCT01709279
https://clinicaltrials.gov/ct2/show/NCT01781390
https://clinicaltrials.gov/ct2/show/NCT01392625
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2 (mTORC2) and Akt via the GPR40/phosphoinositide 3-
kinase (PI3K) signaling pathway. p38 is phosphorylated by
PKC𝜁 and it activates Sp1. As a result, membrane type 3-
matrix metalloproteinase (MT3-MMP) is stimulated, and
eventually the secreted MT3-MMPs degrade fibronectin and
facilitate hUCB-MSC migration, suggesting that skin wound
healing might be promoted by priming MSCs with AA via
MT3-MMP-dependent fibronectin degradation.

An effective cell therapy for MI requires accurate MSC
delivery. To enhance MSC homing activity, phage display
approaches have been used to screen MI-specific pep-
tide sequences [89]. In a mouse MI model, four peptide
sequences were identified, CRPPR, CRKDKC, KSTRKS, and
CARSKNKDC, which are synthesized as palmitated deriva-
tives. MI homing peptides-coated MSCs were injected into
a mouse model of MI, and the number of migrated MSCs
was greater in the coated groups than in the noncoated
groups, indicating that the coating of MSCs with homing
peptides is a promising therapeutic methodology for treating
cardiovascular diseases including MI.

5. Priming Strategies for Therapeutic MSCs for
Cardiovascular Regeneration

In general, the low survival rate of transplanted stem cells
in ischemic myocardium has limited their therapeutic effi-
cacy against ischemic cardiovascular diseases. Accumulating
evidence indicates that the pharmacological pretreatment
of MSCs ex vivo is a rational approach to reinforce the
cells so that they can withstand the ischemic and reperfu-
sion injury environment [90–92], although researchers first
should define and clarify potential priming molecules and
agents for cardiovascular regeneration.

Curcumin effectively protectsMSCs from oxidative stress
via regulation of PTEN/Akt/p53 and HO-1 signaling proteins
and thereby promotes VEGF release from MSCs, facilitat-
ing the enhancement of cardiac function, improving cells
retention, and reducing fibrosis in MI hearts [90]. As a con-
ventional inductor, 5-azacytidine (5-AZA) has been used to
induce MSC differentiation into cardiomyocytes [53, 93, 94].
Similarly, BMP-2 present in the embryonic heart was used to
differentiate ESCs or induce pluripotent stem cells (iPS) into
cardiomyocyte-like cells [95, 96], which opens up new possi-
bilities for cardiomyocyte differentiation fromMSCs [97].

Angiotensin-II (Ang-II) is peptide hormone that is pro-
duced from angiotensin-I (Ang-I) through modifications by
angiotensin-converting enzyme (ACE). It is well-known that
Ang-II increases blood volume and pressure. MSCs pre-
treated with Ang-II trigger VEGF production. Based on the
effect of Ang-II onVEGF production, the therapeutic efficacy
ofAng-II-preconditionedMSCswas investigated [98].MSCs,
isolated from Sprague-Dawley rats, were pretreated with
100 nM of Ang-II for 24 hours and injected into the border
zone of the ischemic heart. After 30 days, the restoration
efficacy of MSCs was evaluated by measuring angiogenesis,
cardiac function, cell differentiation fibrosis, infarct size,
and VEGF expression. Ang-II-MSCs exhibited better cardiac
function, higher expression of VEGF and von Willebrand

factor (vWF), less cardiac fibrosis, and a smaller infarct size.
In addition, preconditioningMSCswithAng-II resulted in an
increased survival rate and enhanced tube formation via the
upregulation of connexin-43 (Cx43), suggesting that prim-
ing MSCs with Ang-II improved their therapeutic efficacy
by enhancing angiogenesis and gap junction formation, in
addition to the paracrine effect of VEGF against MI.

Fucoidan, a natural compound found in brown algae
and seaweed, has various functional properties in biological
processes. This sulfated polysaccharide reacts with cytokines
and contributes to improving cell functional activity, includ-
ing antioxidant effects, proliferation, and differentiation. The
effects of fucoidan on preconditioned adipose tissue-derived
MSCs (ADSCs) were evaluated in a chronic kidney disease
(CKD) model [99]. Fucoidan-ADSCs exhibited increased
proliferation potential with a significant increase in cell
cycle-associated proteins such as cyclin E, cyclin D1, cyclin
dependent kinase 2 (CDK 2), and CDK4. When applied
to a CKD disease model, the in vivo transplantation of
fucoidan-ADSCs enhanced the proliferation, incorporation,
and endothelial differentiation of transplanted MSCs in
ischemic sites, revealing a novel therapeutic strategy of using
MSCs for cardiovascular regeneration.

6. Tissue Engineering Strategies:
A Powerful Application of MSC-Mediated
Vascular Regeneration

Stem cells derived from healthy tissue can be used for
tissue regeneration. In studies of cardiac tissue regenera-
tion, researchers originally focused on organ transplantation.
However, with the development of stem cell-based technics,
stem cells are predicted to be useful for cardiac tissue regener-
ation. Particularly, MSCs are promising candidates for heart
failure treatment because of their unique characteristics.
Over the past decade, MSCs have gained attention as a
therapeutic approach for treating MI compared with other
cell types considered for cardiomyoplasty. MSCs have unique
properties that may translate into convenient and extremely
effective cell therapy [8, 100]. Recent reports have questioned
their “transdifferentiation” potential after injection into the
myocardium and suggested the benefits of MSCmechanisms
[101]. However, the tissues regenerated by this tissue engi-
neering and widely applied to patients are still very limited,
including skin, bone, cartilage, capillary, and periodontal
tissues. What are the reasons for such slow advances in
clinical applications of tissue engineering? This article gives
the brief overview on the current tissue engineering, covering
the fundamentals and applications.

6.1. Biomaterial-Based Tissue Engineering for Cardiovascu-
lar Regeneration. Biomaterials are biofriendly materials that
have been engineered to interact with biological systems,
and they are capable of protecting transplanted cells against
harsh ischemic environments, including low oxygen, nutrient
depletion, and severe attack by inflammatory cells [102].

Scaffolds containing silicon dioxide for tissue engineer-
ing enhance MSC growth through ERK1/2 activation [103].
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Another study showed that the proliferation of hMSCs cul-
tured in media containing 2 or 4𝜇M silicon was significantly
higher than that in control medium, suggesting the enhanced
mechanical strength of the medium with silicon may have
contribute to this result [104]. Other scaffolds, such as
collagen-HA, also enhance MSC attachment and prolifera-
tion [105], and collagen I scaffolds exhibit excellent cellular
compatibility [106]. Similarly, nanoparticle-containing lipo-
somes were culturedwithMSCs tomake sheet-like structures
[107]. The MSC sheets were layered on the ischemic tissues,
and the recovery efficiency was evaluated. The organized
structure ofMSC sheets provided protection against ischemic
limb diseases due to increased blood flow and recovery
of angiogenesis, suggesting that tissue engineering scaffolds
containing nanoparticles might improve MSC growth and
that single-component silica-derived nanoparticles could be
advantageous for scaffolds used in stem cell therapy [103, 108].
In addition, various biomaterials have been employed in
3D scaffolds for cultured MSCs, such as chitosan, silk, and
alginate [109–111].

Cell-based gene therapy combined with biomaterial-
based tissue engineering offers an alternative strategy for
therapeutic angiogenesis. Chinese hamster ovary (CHO) cells
were transfected with pCDNA3-VEGF-hemagglutinin (HA)
vector [112]. The genetically modified CHO cells secreted
VEGF and they were enveloped into semipermeable micro-
capsules. When the microencapsulated VEGF-CHO cells
were transplanted into the MI region of rats, the capillary
density of the microencapsulated VEGF-CHO cell group
was significantly higher than that of the control group, with
functional improvement of the injured heart. Wang et al. also
examined the effect of the transplantation of microencap-
sulated Schwann cells with MSCs on angiogenesis [113]. In
the harshmicroenvironment of the nervous system, Schwann
cells secrete VEGF, which enhances neuronal survival [114].
When semipermeable alginate-poly-L-lysine-alginate micro-
capsules containing Schwann cells and MSCs were applied
to an acute myocardial infarction (AMI) rat model, they
improved cardiac function because the recipient cells avoided
the immune reaction due to themicroencapsulation, and they
secretedVEGF through small pores on their surface. Another
research group investigated genetically modified MSCs that
secreted glucagon-like peptide 1 (GLP-1) [115], which regu-
lates blood glucose homeostasis and has a cardioprotective
effect in heart disease. When Bead-GLP-1 MSCs were deliv-
ered to coronary artery branches in a porcine MI model, the
echocardiography results showed improved left ventricular
(LV) function, whereas histological analysis showed reduced
inflammation and a lower apoptosis rate, indicating that
combining the therapeutic strategies of utilizing recombinant
GLP-1 and the inherent paracrine stem cell factors of MSCs
might be beneficial for clinical application against MI.

Recently, cardiac patch-based therapeutics have been
suggested as novel noninvasive methods functional strategies
for cardiac regeneration because they can overcome the
negative aspects of invasive surgery including complications
resulting from the altered mechanics of the infarcted heart
[116]. Bioengineered cardiac patches are made from a stem

cell seeded multilayered scaffold. Briefly, stem cells, includ-
ing MSCs, cardiac progenitor cells (CPCs), and endothelial
progenitor cells (EPCs), grow on the cell-sheet culture system
and generate a cell-sheet structure that can be cultured mul-
tiple times. Recently, MSC patches were applied to infarcted
hearts with a previously described protocol [117]. The engi-
neered MSC sheets represent a tightly adhered meshwork
with adhesive agents, including fibronectin and laminin.
MSC patches were attached to the ligated left coronary
artery (LCA) in rats. Twelve weeks after patch implantation,
echocardiography and heart catheterization were performed.
The MSC patch implanted group exhibited improved heart
function. In addition, neomuscle fibers and neomicrovessels
were observed in the ligated LCA, as well as increased
levels of angiogenic cytokines (bFGF, vWF, and PDGF-B)
and cardioprotective factors (IGF-1 and HGF) in the MSC
patch group, indicating the effectiveness of the bioengineered
MSC patch as a therapeutic strategy against cardiovascular
diseases including MI. (Figure 1). Taken together, studies of
potential bioengineered cardiac patches-based therapeutics
may improve the therapeutic efficacy of transplantedMSCs to
overcome the limited number ofmultilayer of cardiac patches
for cell survival and complications resulting from the altered
mechanics of the infarcted heart and improve cell infiltration
and migration of transplanted patch-derived MSCs.

6.2. Emerging 3D Printing-Based Tissue Engineering for Car-
diovascular Regeneration. 3D printing is a novel manufac-
turing technique in which 3D objects can be synthesized.
Objects that researchers want to make are captured with
computed tomography (CT) or magnetic resonance imaging
(MRI). Then, a 3D computer assisted design (CAD) model is
developed from the captured objects. Digitally sliced images
are generated by a visualized motion program. Finally, the
captured objects are printed with a 3D printer, and they can
be reprinted as needed [118]. Similar to commercial personal
printers, 3D printers require ink. 3D printers, however, can
use many types of ink. The human body is composed of vari-
ous types of tissue.These tissue structures cover a wide range
of sizes and stiffness. To meet these different demands, many
types of ink have been developed. To develop functional 3D-
engineered tissue constructs, various key components should
be evaluated.

3D-engineered tissue constructs require several key com-
ponents, such as cells, extracellular matrix (ECM), and vas-
culature. Each component supports a biomimetic function of
the engineered tissue constructs. Thick vascularized tissues
were made by bioprinting with 3D cell-laden ink [119] using
two types of ink. Fugitive (vascular) ink contains pluronic
and thrombin, and cell-laden ink contains gelatin, fibrinogen,
thrombin, transglutaminase, and cells. Fugitive ink is printed
on a 3D perfusion chip. Then, cell-laden ink is cast over the
printed inks. Gelatin and fibrins are cross-linked by diffused
transglutaminase from the molten casting matrix. Upon
cooling, the fugitive ink liquefies and is evacuated, leaving
behind a pervasive vascular network. hMSCs and human
neonatal dermal fibroblasts (hNDFs) are subsequently lined
with human umbilical vein endothelial cells (HUVECs).
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Figure 1: Therapeutic strategies of MSC-based tissue engineering. (a) Genetically modified MSCs are encapsulated into semipermeable
microcapsules. This modified MSC secrete cytokine for homed stem cell. (b) Semipermeable microcapsules containing primed supporting
cells. Secreted cytokines fromprimed supporting cells enhanceMSC cellular function. (c) EngineeredMSCs encapsulated into semipermeable
microcapsules. MSCs secreted recombinant hormone such as glucagon-like peptide 1. Each semipermeable microcapsule is transplanted into
infracted region of heart. (d) MSCs seeded on biomaterial-based patch. Multilayered cells as a cardiac patch for myocardial infraction.

These thick vascularized tissues are actively perfused with
growth factors necessary for differentiation of hMSCs. Taken
together, 3D printing has gained a considerable amount of
attention owing to its ability to provide precise control of
the initial structure of tissue-engineered constructs [102],
indicating that 3D scaffold architecture and geometric cues
play a major role in dictating cell behavior and tissue
regeneration (Figure 2).

7. Conclusion

MSCs can be readily isolated from various sources in the
human body. In addition, MSCs are able to self-replicate for
many passages and differentiate into multiple cell lineages,
such as osteoblasts, myoblasts, and fibroblasts. Thus, MSCs
have become the most practical and prominent therapeu-
tic stem cell. Recently, a number of research groups have
focused on applying MSC-based therapies clinically relevant
disease models. Based on MSC signaling pathways, natural
compounds or chemical drugs are used to improve of MSC
functions. Moreover, scientists are working to develop novel
materials that are biologically inert. With the advances in

technology, it is possible to modulate the microstructure
of biomaterials to enable their practical use in medicine.
An artificial structure composed of modified biomaterials
can enhance MSC proliferation, survival, and differentiation.
Tissue engineering technologies such as cell-scaffolds, cell-
protein-scaffold architecturesmade of biomaterials including
ECM or hydrogel, and cell patch- and 3D printing-based
tissue techniques allow researchers to make artificial versions
of human tissues and organs. Because of its numerous
applications, a combined therapeutic strategy that includes
cell priming and tissue engineering technology is a promising
therapeutic approach for cardiovascular regeneration.
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1CeRMS, A.O.U. Città della Salute e della Scienza, Torino, Italy
2Skin Bank, Department of General and Specialized Surgery, A.O.U. Città della Salute e della Scienza, Torino, Italy
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Osteoarthritis is characterized by loss of articular cartilage also due to reduced chondrogenic activity of mesenchymal stem cells
(MSCs) from patients. Adipose tissue is an attractive source of MSCs (ATD-MSCs), representing an effective tool for reparative
medicine, particularly for treatment of osteoarthritis, due to their chondrogenic and osteogenic differentiation capability. The
treatment of symptomatic knee arthritis with ATD-MSCs proved effective with a single infusion, but multiple infusions could be
also more efficacious. Here we studied some crucial aspects of adipose tissue banking procedures, evaluating ATD-MSCs viability,
and differentiation capability after cryopreservation, to guarantee the quality of the tissue for multiple infusions. We reported that
the presence of local anesthetic during lipoaspiration negatively affects cell viability of cryopreserved adipose tissue and cell growth
of ATD-MSCs in culture.We observed that DMSOguarantees a faster growth of ATD-MSCs in culture than trehalose. At last, ATD-
MSCs derived from fresh and cryopreserved samples at −80∘C and −196∘C showed viability and differentiation ability comparable
to fresh samples. These data indicate that cryopreservation of adipose tissue at −80∘C and −196∘C is equivalent and preserves the
content of ATD-MSCs in Stromal Vascular Fraction (SVF), guaranteeing the differentiation ability of ATD-MSCs.

1. Introduction

In the last years many studies have been focused on tissue
regeneration and reparative medicine, particularly to cure
osteoarthritis, characterized by loss of articular cartilage also
due to a reduced chondrogenic activity of mesenchymal
stem cells (MSCs) from patients [1]. Adult MSCs, originally
retrieved from bone marrow [2], can also be isolated from
adipose tissuewith higher frequency than in bonemarrow [3]
and show a great seductive potential to the orthopaedic com-
munity for their reparative capabilities and differentiation
ability towards adipogenic, osteogenic, and chondrogenic
lineages [4, 5], to home in injured tissues, to release factors for
wound healing, and to modulate the immune system [5–
7]. Even though adipose tissue is mainly constituted by

adipocytes, it also contains the Stromal Vascular Frac-
tion (SVF) that comprehends adipose tissue-derived MSCs
(ATD-MSCs), endothelial cells, pericytes, fibroblasts, and
hematopoietic-lineage cells [4, 5, 8, 9]. ATD-MSCs express
many markers common to bone marrow-derived stem cells
[10, 11], such as CD90, CD44, CD73, CD105, and CD271
[5, 12]. In particular, CD271 has been proposed as marker of
primary choice for tissue regeneration byATD-MSCs in older
subjects, since this subpopulation is maintained in elderly
people [13], and CD271+ MSCs are associated with a high
efficiency of proliferation and trilineage differentiation com-
pared to CD271−MSCs [12, 14].

The treatment of symptomatic knee arthritis with ATD-
MSCs proved effective with a single infusion [15–19]; the
efficacy of multiple infusions of ATD-MSCs in the articular
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joint is considered but still debated due to lack of data from
clinical trials [19]. The availability of banking adipose tissue
would allow treating with multiple infusions patients, avoid-
ing repeated liposuction procedures for patients. Until now,
many studies have been done to define protocols of banking
able to guarantee effective quantity and quality of ATD-
MSCs [20–24], without a conclusive statement. In the present
work, we investigated banking procedures of adipose tissue,
studying ATD-MSCs viability and differentiation capability
after cryopreservation. In attempt to define the best condition
for cryopreservation of adipose tissue, we analysed different
parameters affecting it. In particular, confirming literature
data [25], we reported that the presence of anesthetic during
lipoaspiration negatively affects cell viability of cryopreserved
adipose tissue and cell growth of ATD-MSCs in culture.
Between the two cryoprotectant tested agents, we observed
that DMSO guarantees a faster growth of MSCs in culture
than trehalose. At last, ATD-MSCs derived from fresh and
cryopreserved samples at −80∘C and −196∘C showed viability
and differentiation ability comparable to fresh samples.These
data indicate that cryopreservation of adipose tissue at −80∘C
and −196∘C is equivalent and preserves the content of ATD-
MSCs in SVF, guaranteeing the differentiation ability of ATD-
MSCs.

2. Methods

2.1. Sample Collection. A total number of 80 lipoaspirate
samples were collected after informed written consent of
donors, according to the local ethic committee. Thirty-five
patients were treated with Klein solution (lidocaine 1%, sod-
ium bicarbonate 10mEq, and adrenaline 1mg/mL in 500mL
of solution of NaCl 0.9%) and 23 patients were treated with a
solutionwithout anesthetic (adrenaline 1mg/mL in 500mLof
solution of NaCl 0.9%). Since the analysis between these two
groups showed that the presence of anesthetic reduced MSC
growth, the last 22 patients were collected without anesthetic.

Low-pressure liposuction with fenestrated blunt cannu-
lae, according to Coleman procedure, was used to harvest
adipose tissue [26, 27]. The lipoaspirates were centrifuged
at 3000 rpm for 3 minutes to collect the fat phase and then
washed twice with PBS by centrifugation at 1700 rpm for 10
minutes. The fat phase was processed either for the analysis
of cell components or for cryopreservation.

2.2. Cryopreservation and Viability Assay of Adipose Tissue.
Fat phase was frozen in 5mL cryotubes with 2 different
cryoprotective solutions: (i) fetal bovine serum (FBS: Fetal
Bovine Serum, certificated-EDQ, BioWest SAS) + 10% dime-
thyl sulfoxide (DMSO-Cry-on, AL.CHI.MI.A.Srl), 𝑛 30 and
(ii) FBS + 0,35M trehalose (Sigma-Aldrich), 𝑛 34. Trehalose
is a valid alternative to DMSO because it is not toxic for cells
at normal body temperature. Samples were mixed with a cool
cryopreservative solution and then transferred in freezing
container, which guarantees a 1∘C/min cooling rate, required
for successful cryopreservation of cells and put at −80∘C for 3
days, and then part of the samplewas stored in liquid nitrogen
(−196∘C).

The frozen tissues were fast thawed in a water bath at
37∘C; the cryopreservation solutionwas dilutedwithmedium
supplemented with 10% FBS and centrifuged to remove the
CPA.

2.3. Isolation of SVF from Adipose Tissue. SVFs were isolated
from fresh and thawed adipose tissue by enzymatic digestion
with Collagenase NB4 (Serva Electrophoresis) 0,3U/mL
using a tube rotator for 40 minutes at 37∘C. The activity
of enzyme was neutralized by the addition of DMEM low
glucose + 10% FBS, and then the samples were centrifuged at
1700 rpm for 10 minutes. The pellet was resuspended in
medium, then passed through 100 𝜇m and 70 𝜇m cell strain-
ers, washed by saline solution, collected, and counted. The
phenotype of MSCs contained in the SVF was evaluated at
T0, soon after SVF isolation. The SVF cells were seeded in
T25 flasks and cultured in DMEM with 10% FBS, 2mM
glutamine, and 1% antibiotics (Gibco, Life Technologies) and
themediumwas replaced to eliminate nonadherent cells after
24 h. After 7 days of culture, the growth rate was calculated
by counting the number of cells grown for mL of adipose
tissue. Then MSCs were cultured for 2 passages; then their
phenotype was analysed by flow cytometry.

2.4. Phenotype of ATD-MSCs. Cell surface markers of ATD-
MSCs were analysed by flow cytometry on fresh SVF and
on SVF derived after thawing of adipose tissue and its
collagenase treatment. ATD-MSCs were identified as CD105,
CD44, CD73, and CD271 positive cells and negative for
CD45 expression. Standard labelling protocol was performed
with the following antibodies fluorochrome-conjugated and
isotypic controls: human CD105 PE (Invitrogen), CD73 FITC
(kindly provided by Professor Malavasi, University of Turin),
CD44 FITC, CD45 PerCP, CD3 PerCP, CD271 APC, IgG1
PE, IgG1 APC, and IgG2a PerCP (Miltenyi Biotec), and IgG1
FITC-conjugated (Immunostep). About 105 events/sample
were used for capture with CellQuest software. All data were
analysed with FlowJo software (Tree Star).

2.5. Tissue Biopsies and Staining Procedures. All fresh and
preserved samples were processed for staining procedures.
Adipose tissue samples were snap frozen in isopentane
quenched in liquid nitrogen, mounted in OCT 4583 embed-
ding compound (Sakura), and stored at −80∘C. Ten-micron-
thick cryostat sections were cut and transferred to polylysine-
coated slides. The slides were air dried for two hours and
then processed. For histological analysis a section from each
biopsywas counterstainedwithMayer’s hematoxylin solution
(DAKO) and mounted with an aqueous mounting medium
(Kaiser’s glycerol gelatin, from MERCK), to confirm the
adequacy of the specimen. Slides were examined double
blindly; microphotographs were taken using Leica DMLA
microscope.

For immunohistochemical analysis (IHC) the sections
were incubated with primary mouse monoclonal antibodies
(MoAb) CD31 (Clone 10G9 ABCAM; 1 : 100), CD105 (Clone
266 BD PHARMINGEN; 1 : 50), and CD68 (Clone EBM11
DAKO; 1 : 500). They were titrated to yield maximal specific
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staining and minimal nonspecific or background staining.
The endogenous peroxidase activity was inhibited by the
addition of methyl alcohol and 0.03% hydrogen peroxide. A
second incubation with biotinylated secondary antibody and
an avidin-biotin-horseradish peroxidase complex LSAB +
(DAKO) were performed. Staining was developed with 3-
amino-9-ethyl carbazole as a chromogen. All samples were
counterstained with Mayer’s hematoxylin solution (DAKO)
andmounted with Kaiser’s glycerol gelatin. Slides were exam-
ined double blindly and microphotographs were taken using
a DMLA Leica microscope equipped with a digital camera
(Leica DFC 425C). Images were acquired using LAS software
(Leica Application Suite).

Immunofluorescence staining with (Moab) Aggrecan
(Clone 969D4D11 Invitrogen; 1 : 25) was performed using
appropriate Rhodamin (Chemicon 1 : 100) conjugated iso-
type-specific secondary antibodies. Slides were examined
double blindly; microphotographs were taken using a DMLA
Leica microscope equipped with a digital camera (Leica
DFC 425C). Images were acquired using LAS software (Leica
Application Suite).

2.6. MTT on Adipose Tissue Samples. Ten samples with
similar weight, including 2 negative controls, were chosen
and tested from each adipose tissue specimen. MTT salts
solution (0.5mg/mL) was added and the samples were then
incubated at 37∘C and 5% CO2. After 3 hrs of incubation
the precipitate salts were solubilized for 3 hrs with the use
of 2-methoxyethanol (Sigma-Aldrich).The solution was then
read on a spectrophotometer (570 nm). A negative control
was always set up in double (a heat-denatured specimen for
20 minutes at maximum temperature) for each experimental
condition. The negative control was then treated as other
samples and optical density (OD) subtracted from each
sample.

Adipose tissue viability of the adipose sample was
expressed as viability index, deriving by the ratio between the
samples’ OD and their weight in grams. Noncryopreserved
fresh tissue samples were used as control group.The formulas
used in the determinations were Index of Viability (I.V.) =
optical density (595 nm)/grams of tissue. Percent viability (%
viability) = (I.V. of cryopreserved samples/I.V. of control fresh
samples) × 100.

2.7. Evaluation of Chondrogenic and Osteogenic Potential of
ATD-MSCs Derived from Fresh and Thawed Samples. We
cultured SVF in DMEM low glucose supplemented with 10%
FBS to obtain a population of ATD-MSCs, which were then
cultured with StemPro Chondrogenesis Differentiation kit
(Gibco, Life technologies) according to the manufacturers’
instructions to induce chondrogenesis. After 21 days, cells
were stained for immunofluorescence by Aggrecan. To study
osteogenesis we platedATD-MSCs in differentiatingmedium
according to Brunetti et al. [28] for 14 days, and then we
stained them for alkaline phosphatase according to kit pro-
duced by Sigma-Aldrich.Themineralization activity of osteo-
blasts was studied by culturing ATD-MSCs in alpha-MEM
supplemented with 10% FBS, 50𝜇g/mL ascorbic acid, 10−8M

Table 1: Viability index with different cryoprotectants. Viability
indexes (I.V.) was similar between the two CPAs.

DMSO Trehalose
𝑁 = 30 𝑁 = 34

Age 47 (37–54) 47 (42–57)
I.V. of fresh samples 12,3 (10,1–14,8) 14,7 (11,2–16,7)
I.V. after cryopreservation 6,48 (5,45–9,40) 6,59 (5,73–7,79)

dexamethasone, and 10mM beta-glycerophosphate (Sigma-
Aldrich) for 8 weeks. The formation of mineralized nodules
was accessed by von Kossa staining.

2.8. Statistical Analysis. All statistical analysis was carried out
using GraphPad Prism 7. Data were presented as mean with
standard error and calculated by One-way Anova with multi-
ple comparisons by Bonferroni test. Results were considered
significant with 𝑝 < 0.05. For evaluation of the growth rate
we used Mann-Whitney test.

3. Results

3.1. Local Anesthetic Reduces ATD-MSC Growth. Adipose
tissues harvested with (𝑛 35)/without (𝑛 23) local anesthetic
maintained normal histological structure without evident
differences between 2 groups. Both with and without anes-
thetic, the tissues were compact, with polygonal cells and
good stroma, without any evidence of fatty tissue degener-
ation or necrosis (Figures 1(a) and 1(b)). These data were also
confirmed by the IHC analysis, showing that the different cel-
lular components of adipose tissue, stained with specific anti-
bodies, resulted comparably in all analysed samples (Figures
1(c)–1(f)). Despite the absence of effects on cell morphology,
the presence of the anesthetic significantly reduced the num-
ber of cells isolated from adipose tissues harvested with or
without anesthetic (Figure 2(a)). Moreover, after 7 days of in
vitro culture, we observed that cell growth was reduced when
anesthetic was present in the infiltration solution, particularly
in relation to the increase of the patients’ age, 𝑝 < 0.001
(Figure 2(b)).

3.2. DMSO Is Better Than Trehalose for Cryopreservation of
Adipose Tissue. As cryoprotectant agents (CPA) for adipose
tissue, we tested DMSO and trehalose, showing a comparable
viability of samples with both CPA after thawing (Table 1).
In contrast, cell cultures showed that ATD-MSCs isolated
from lipoaspirates cryopreserved in DMSO had a more rapid
growth and arrived at confluence in a few days with a better
morphology as opposed to the cells with trehalose (Figures
3(a) and 3(b)). The morphological analysis and the staining
for CD31 and CD105 showed that the cellular structures were
better preserved in samples cryopreserved with DMSO than
with trehalose (Figures 3(c) and 3(d)).

3.3. Cryopreservation of Lipoaspirates at Both −80∘C and
−196∘C Guarantees Viability of Adipose Tissue and ATD-
MSCs. In a first series of cases, to define the best temperature
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Figure 1: Local anesthetic did not interfere with adipose tissue morphology. H&E staining showed a similar morphology of adipose tissue
harvested with or without local anesthetic. No evidence of adipose tissue degeneration or necrosis was evident (a, b). IHC analysis showed
comparable staining for CD68 and CD31, in both samples harvested with or without anesthetic (c–f).

of cryopreservation for adipose tissue, we evaluated by MTT
assay the viability of tissue derived from lipoaspirates after
cryopreservation at −20∘C and −80∘C. Fat preserved at lower
temperature showed a greater viability index (I.V.) than sam-
ples preserved at −20∘C, Table 2. The samples preserved at
−20∘C showed a damaged structure and the tissue resulted in
suffering compared to fresh and −80∘C (Figure 4). Due to the
low quality of preservation at–20∘C, we then decided to com-
pare −80∘C and −196∘C. The percentages of viability for adi-
pose tissue after thawing were 77,6% and 91,6% for samples
cryopreserved at −80∘C and −196∘C, respectively (Fig-
ure 5(a)). The mean I.V. values were reported in Table S1 (in
Supplementary Material available online at http://dx.doi.org/
10.1155/2016/4968724). The analysis of cell mortality in the
SVF, derived after collagenase digestion of adipose tissue,

showed a major number of dead cells in cryopreserved
(17% of 7-AAD+ cells) compared to fresh samples (7% of
7-AAD+ cells), 𝑝 < 0.05, but again there was not any
difference between the two temperatures of cryopreservation
(Figure 5(b)). To further confirm this result, the morphology
of cryopreserved adipose tissue at −80∘C and −196∘C showed
well-maintained structures, without evidence of tissue degen-
eration or necrosis, comparable to the fresh sample (Figures
6(a)–6(c)).

We analysed a panel of standard surface markers for
MSCs to study the phenotype of SVF derived from fresh and
thawed adipose tissue, showing that the percentage of CD105/
CD44/CD73+/CD45− cells and the subpopulation also exp-
ressing CD271 were comparable between the two tempera-
tures and with fresh sample (Figures 6(d) and 6(e)). Thus the

http://dx.doi.org/10.1155/2016/4968724
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Figure 2: Local anesthetic reduced ATD-MSCs growth. (a) Box and whisker plot showed a significant difference in the number of cells
isolated from adipose tissues harvested with or without anesthetic. (b) The regression analysis showed that, after 7 days, the number of cells
grown in culture was reduced when the anesthetic was added to the solution of infiltration, particularly in relation to the increasing of the
patients’ age, 𝑝 < 0.001.

Table 2: Viability index at different temperatures of cryopreserva-
tion. The viability index (I.V.) of cryopreserved samples was signifi-
cantly higher at −80∘C compared to −20∘C, 𝑝 < 0.05.

−20∘C −80∘C
𝑁 = 25 𝑁 = 39

Age 46 (36–53) 49 (42–57)
I.V. of fresh samples 12 (9,6–13,1) 15,8 (11,5–16,8)
I.V. after cryopreservation 5,6 (5,2–7,1) 7,2∗ (5,6–10,3)
The viability index (I.V.) of cryopreserved samples was significantly higher
at −80∘C compared to −20∘C; ∗ refers to 𝑝 value.

cryopreservation at both −80∘C and −196∘C did not interfere
with the content of ATD-MSCs.

3.4. Cryopreservation of Lipoaspirates at Both −80∘C and
−196∘C Preserves Differentiating Abilities of ATD-MSCs In
Vitro. We cultured in vitro SVF cells derived from colla-
genase treatment of adipose tissue both fresh and thawed,
showing the proliferation of cell with the typical fibroblast-
like morphology (Figure 7(a)), that expressed mesenchymal
markers such as CD105, CD44, CD73, and CD271 (Figures
7(b)–7(e)), whereas they were negative for hematopoietic
markers (data not shown). In these cultures, we observed
a selective growth of mesenchymal population express-
ing CD105/CD44/CD73 and of CD105/CD44/CD73/CD271+
subpopulation, comparable between the two temperatures
of cryopreservation (Figures 7(f) and 7(g)). To test whether
cryopreservation affects the chondrogenesis and osteoge-
nesis capabilities of these ATD-MSCs, we cultured them
in specific media, showing formation of chondrocytes and
osteoblasts, both from adipose tissue cryopreserved at −80∘C
and −196∘C (Figures 7(h)–7(k)). We also tested the activity
of these osteoblasts, showing their ability to mineralize
(Figures 7(l) and 7(m)).

4. Discussion

Regenerative and in particular reparative medicine represent
the new frontier for orthopaedic diseases, such as osteoarthri-
tis, that can benefit of treatments with ATD-MSCs. Indeed, to
date, clinical studies suggest that SVF andATD-MSCs are safe
and capable of tissue repairing [15, 18, 19, 29, 30]. Variouswell-
defined harvesting techniques are available for liposuction
procedure [27, 31, 32], even though there is not one method
providing the best results in terms of viability and volume
of adipose tissue with its cellular components. Previously
published data reported a marked influence of local anes-
thetics on the quantity and quality of viable preadipocytes
[25, 33]. Our results showed that lidocaine seems not to affect
morphology of adipose tissue, but the derived ATD-MSCs
reduced their growth in cultures in vitro. These data were in
accordance with the literature, which also showed a reduced
ATD-MSC viability [34] and chondrocyte cytotoxicity due to
local anesthetics [35], prompting us to suggest performing
liposuction without local anesthesia.

Literature data reported different methods of cryopreser-
vation for human adipose tissue, investigating both the use of
different CPAs and temperatures [21, 36, 37]. Different CPAs
alone or in combinations can improve the viability of this tis-
sue during the procedure of freezing and thawing [38], since
CPAs reduced the osmotic stress. Here we tested DMSO and
trehalose, showing a viability of samples comparable to fresh
ones, with bothCPAs after thawing.Nonetheless, ATD-MSCs
isolated from lipoaspirates cryopreserved in DMSO grew
faster and with a better morphology than the cells derived
from trehalose cryopreservation. Even though DMSO is
known for its cytotoxicity and its clinical use is limited, it gave
us the best results, and thus we are considering utilizing the
GMP grade DMSO, which is available for clinical use.

The optimal temperature for cryopreservation of adipose
tissue is still under investigation; indeed some works report
that −20∘C is comparable to liquid nitrogen for a short
term storage of adipose tissue [36, 37]. The length of the
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Figure 3: DMSO cryopreserved adipose tissue better than trehalose. ATD-MSCs isolated fromDMSO cryopreserved lipoaspirates showed a
better morphology compared with trehalose ((a) and (b)).The IHC staining for CD31 (line (c)) and CD105 (line (d)) showed that the different
cellular structures were better preserved in samples cryopreserved with DMSO than with trehalose.

Fresh
10x

(a)

10x
−20∘C
(b)

10x
−80∘C
(c)

Figure 4: Adipose tissue is better preserved at −80∘C than −20∘C. The samples cryopreserved at −20∘C (b) showed a damaged structure
compared to fresh (a) and −80∘C (c).
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fresh samples, 𝑝 < 0.05, but there was not any difference between the two temperatures of cryopreservation (b).
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Figure 6: Cryopreservation at −80∘C and −196∘Cmaintained morphology of adipose tissue and the content of ATD-MSCs.Themorphology
of cryopreserved adipose tissue at −80∘C and −196∘C was maintained, without evidence of tissue degeneration or necrosis, comparable to
the fresh sample (a–c). The percentage of CD105, CD44, and CD73+ ATD-MSCs and the CD271+ subpopulation was comparable to fresh
samples and also between the two temperatures (d, e).

cryopreservation period is particularly relevant, since to
allowmultiple infusions it is necessary to store adipose tissue
for long time, and thus it is mandatory to investigate both dif-
ferent CPAs and temperatures for longer times. We started to
thaw onemonth after freezing, showing a significant reduced
viability of lipoaspirates at−20∘Ccompared to−80∘C, accord-
ing to Wolter et al. [39]. Since Moscatello et al. examined
storage at −20∘C and liquid nitrogen, suggesting that the last
is better [40], we decided to compare −80∘C and −196∘C to

evaluate viability of adipose tissue and above all the main-
tenance of ATD-MSC ability to differentiate into osteoblasts
and chondrocytes. Literature reports only one study that
contemporarily compared −20∘C, −80∘C, and liquid nitrogen
temperatures, which did not show any differences in cell via-
bility about the three temperatures. Nonetheless, in this work
the period of storage was short and their aim was to examine
the viability of adipose tissue and adipocytes for fat graft in
plastic surgery [36]. Here, we report the results on adipose
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Figure 7: ATD-MSCs differentiating abilities in vitrowere preserved at both temperatures of cryopreservation. After cell culture, ATD-MSCs
assumed the typical fibroblast-like morphology (a) and expressed CD105, CD44, CD73, and CD271 (b–e). The immunophenotype of MSCs
expressing CD105/CD44/CD73 and of the subpopulation CD105/CD44/CD73/CD271+ cells was comparable with both the temperatures of
cryopreservation (f, g). Chondrocytes (h, i) and osteoblasts (j, k) formed from both adipose tissues cryopreserved at −80∘C and –196∘C. von
Kossa staining showed that osteoblasts had comparable ability to mineralize at both temperatures (l, m).

tissue viability and differentiation capabilities of ATD-MSCs
towards osteoblasts and chondrocytes, after one month of
cryopreservation at −20∘C, −80∘C, and −196∘C. We demon-
strated that the I.V. of samples cryopreserved at −80∘C and in
liquid nitrogen was comparable to fresh samples, whereas at
−20∘C the viability was reduced. We also observed that no
differences were present between samples cryopreserved at
−80∘C and −196∘C, thawing after two months (data not
shown).

Among the different markers available for the character-
ization of MSCs, described by the Mesenchymal and Tissue
StemCell Committee of the International Society for Cellular
Therapy [41], we tested positivity for CD105, CD44, CD73,
and the contemporary negativity for CD45. We also studied

the expression of CD271, since CD271+ ATD-MSCs are asso-
ciated with a high efficiency of proliferation and trilineage
differentiation compared to CD271− counterpart [12]. More-
over, even though a decrease in stem cell number is typical in
elderly people, the subpopulation of MSCs expressing CD271
is also reduced during ageing [13, 42]; however, they are
always present in all age groups according to Cuevas-Diaz
Duran et al. [13], and thus CD271 has been proposed as
marker of primary choice for tissue regeneration by ATD-
MSCs in older subjects. We reported that cryopreservation
did not alter the frequency of CD105/CD44/CD73+/CD45−
cells and of the subpopulation expressing CD271, in SVFs
derived from fresh and thawed samples.This result is relevant
since even though the percentage of dead cells was slightly
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increased in thawed samples compared to the fresh ones, the
cryopreservation both at −80∘C and at −196∘C did not inter-
fere with the content of ATD-MSCs, likely due to a protective
action of adipose tissue on these cells.

ATD-MSCs derived from cryopreserved samples at both
−80∘C and −196∘C differentiated into chondrocytes and
osteoblasts, which showed also mineralization activity. Thus,
according to literature [20], ATD-MSCs derived from cry-
opreserved adipose tissue were functionally equivalent to
freshly isolated ones.

In conclusion, the creation of anAutologous Adipose Tis-
sue Bank would avoid repeated lipoaspiration procedures for
patients to guarantee the availability of SVF formultiple injec-
tions. The demonstration that cryopreservation of adipose
tissue, for long time, allows maintaining the viability of SVF,
particularly of ATD-MSCs, would allow testing the efficacy of
multiple infusions of SVF in treatment of patients with
osteoarthritis. This could be an alternative approach to the
expansion ex vivo of ATD-MSCs, since a direct transfer of the
cellular component from the donor to the acceptor site of the
same patient is a simple and straightforward method, avoid-
ing the complexity of constructs and ex vivo cell cultures
performed in laboratory.
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Bone tissue regeneration is amajor, worldwidemedical need, and several strategies have been developed to support the regeneration
of extensive bone defects, including stem cell based bone grafts. In addition to the application of stem cells with high osteogenic
potential, it is important to maintain proper blood flow in a bone graft to avoid inner graft necrosis. Mesenchymal stem cells
(MSCs) may form both osteocytes and endothelial cells; therefore we examined the combined in vitro osteogenic and endothelial
differentiation capacities of MSCs derived from adipose tissue, Wharton’s jelly, and periodontal ligament. Based on a detailed
characterization presented here, MSCs isolated from adipose tissue and periodontal ligament may be most appropriate for
generating vascularized bone grafts.

1. Introduction

There is a great clinical demand for improved methods
of bone tissue regeneration after trauma or medical bone
resections, as spontaneous recovery is slow or in many cases
nonexistent. This is well exemplified in critical-size bone
defects [1], which may affect the oral cavity as a result of
trauma, aggressive periodontitis, or tumor surgery [2]. Since
the availability of donor-derived bone grafts is limited and
the extraction of autologous bone grafts is often associated
with considerable pain and donor-site morbidity, there is
an increasing demand for in vitro engineered bone tissues
[3].

In order to help the bone healing process, recent tech-
nologies promote the use of various tissue grafts, containing
autologous or allogenic bone-forming cells. The cells used
in such a bone tissue regeneration therapy should have high
bone-forming potential for rapid and effective incorporation.

In addition to osteoblasts, cells promoting angiogenesis
should be also important participants in bone graft formation
and regeneration, especially in the case of large bone defects,
in order to promote osseointegration and avoid inner graft
necrosis. Clearly, to ensure the long-term function of the
bone graft, cells capable of forming blood vessels within the
bone tissue should also be present [4]. Stem or progenitor
cells capable of differentiating into both osteoblast and blood
vessel endothelial cell may provide a solution in this regard.

Mesenchymal stem cells (MSCs) are currently considered
to be key sources in regenerative medicine. MSCs are mul-
tipotent with self-renewal ability and a capacity to differen-
tiate into different mesenchymal lineages, including adipose
tissue, bone, and cartilage [5, 6]. Tissue-derived MSCs do
not raise major ethical concerns in medical applications [7].
In addition, due to their immunosuppressive characteristics
even allogeneic MSCs can be used in various therapeutic
approaches [8].

Hindawi Publishing Corporation
Stem Cells International
Volume 2016, Article ID 3595941, 9 pages
http://dx.doi.org/10.1155/2016/3595941

http://dx.doi.org/10.1155/2016/3595941


2 Stem Cells International

MSCswere initially described in the bonemarrow stroma
[9] and later found in numerous human tissues including fat
and in different dental tissues [5, 10]. Bone marrow derived
(BM)MSCs have been used for tissue engineering for several
years. However, the invasive collection procedure of BM-
MSCs possesses disadvantages, including pain and poten-
tial medical complications [5]. MSCs from adult adipose
tissue (AD-MSCs) can be readily harvested in large numbers
with very low donor-site morbidity. AD-MSCs therefore are
broadly used in various regenerative therapeutic interven-
tions and may also serve as cells for bone grafts [11]. In
additionWharton’s jelly of the umbilical cord (WJ-MSC) and
the tissues of the placenta also provide a rich source of MSCs
for potential therapies [12].

The periodontal ligament is a soft connective tissue devel-
oped from the neural crest and has anchoring, homeostatic,
and regenerative functions in the periodontium. Periodontal
ligament contains stem cells (PDLSC) possessing MSC prop-
erties [10, 13].The enhanced osseointegration effect of human
PDLSCs was confirmed after transplantation of these cells
with bone graft [14].

In the present work we have compared several properties
of in vitro cultured and differentiated human AD-MSCs,
WJ-MSCs, and PDLSCs. Under identical conditions we have
examined their frequency of colonies, immunophenotype,
trilineage differentiation capacity, and the expressed pluripo-
tency and mesodermal markers. Furthermore, we have char-
acterized in detail the endothelial differentiation capacity of
these MSCs.

2. Materials and Methods

2.1. Isolation, Culturing, and Differentiation of Cells. All sam-
ples were obtained from healthy donors. Work with human
tissues was performed with the permission of the Ethical
Committee of the Hungarian Medical Research Council
(ETT; ID: 24083-3/2013/HER). Most of the reagents below
were purchased from Thermo Fisher Scientific (Waltham,
USA), all others as indicated.

MSCs from liposuction derived adipose tissue (𝑛 = 3)
and periodontal ligament (𝑛 = 3) were isolated as described
previously [13, 15]. Wharton’s jelly of the umbilical cord was
collected from full-term births (𝑛 = 3). The anatomical
localization of the periodontal ligament and Wharton’s jelly
is presented on Figure 1.

For isolation of Wharton’s jelly derived MSC, the cord
was cut into 1-2 cm segments and the vessels were removed.
The outstretched tissue was treatedwith 2mg/mL collagenase
type IV and 100 IU/mL hyaluronidase (Sigma-Aldrich, St.
Louis, USA). The cord pieces were washed with DMEM
medium and Wharton’s jelly was collected and passed
through an 18G needle. The cell suspension was then resus-
pended in high glucose DMEMmedium supplemented with
20% fetal bovine serum (FBS) and 16 ng/mLfibroblast growth
factor 2. Cells were plated with 2 × 105/cm2 density. Growth
medium (DMEM-F12 1 : 1 with 10% FBS, 2mM L-glutamine,
and 50 𝜇g/mL gentamicin plus 1 ng/mL FGF-2) was used after
third medium changes, and cells were subcultured once a
week at a density of 4 × 103/cm2.

To assess the differentiation potential of the MSC iso-
lates, cells between passages 4 and 8 were differentiated
into adipocyte, osteoblast, and chondrocyte phenotypes as
documented [13].

Human umbilical vein endothelial cells (HUVEC) were
kind gifts of Adrienn Németh. The isolation method and
culture conditions were detailed by [16].

The human embryonic stem cell line 9 (HUES9) was a
kind gift of Douglas Melton, Harvard University, USA. The
HUES culture conditions were used as described in detail by
Apáti et al. [17].

2.2. Flow Cytometry. The expression of cell surface immuno-
markers was assessed by flow cytometry [13]. Cells were
stained with the following mouse monoclonal antibodies:
anti-human CD13, CD14, CD29, CD31, CD34, CD44, CD45,
CD73, CD90, CD105, CD106, CD117, CD133, CD144, CD146,
CD166, CD271, CD309, and HLA-DR or the corresponding
isotype controls. For references of the antibodies see Supple-
mentary Table 1 in Supplementary Material available online
at http://dx.doi.org/10.1155/2016/3595941. Dead cells were
identified by staining with propidium iodide. Measurements
were carried out in a 4-color FACSCalibur flow cytometer
(BD Biosciences). In the case of ABCG2, unconjugated 5D3
monoclonal antibody was used as described previously [13].

Data were expressed both as mean percentage of positive
cells and as median fluorescence intensity (MFI) ratio deter-
mined using the median fluorescence value of the specific
marker analyzed, divided by the median fluorescence value
of the isotype control.

2.3. Colony Forming Unit-Fibroblast Assay (CFU-F). The
CFU-F assay was performed at passages 3–6 as previously
described [13].

2.4. Immunocytochemistry. Cells were fixed [15] and stained
with unconjugated monoclonal anti-𝛼-smooth muscle actin
(𝛼-SMA; Sigma-Aldrich; cat. number: A5228) or anti-GATA6
(R&D Systems Minneapolis, USA; cat. number: AF1700)
primary antibody or the matched isotype control for 1 hour
at room temperature in the dilution according to man-
ufacturer’s instructions. AlexaFluor488 (𝛼-SMA) or Alex-
aFluor568 (GATA6) secondary antibodies were applied for
fluorescent detection, and nuclei were counterstained with
DAPI. The fluorescence membrane stain DiSC3(5) was used
in final concentration of 5𝜇M.

2.5. Endothelial Differentiation and Matrigel Tube Formation
Assay. Cells were stimulated with Endothelial Cell Growth
Medium (EGM-2, Lonza, Basel, Switzerland) for 7 days in
a humidified thermostat. Chilled Matrigel (Corning, New
York, USA) was added to a 24-well plate and incubated at
37∘C. 5 × 104 of the induced cells were suspended in EGM-2
medium and added to the solidified Matrigel. Morphological
changes were observed under an inverted microscope during
a 24-hour incubation period. Representative pictures were
taken in every hour and analyzed using the TubeCount
software [18] to determine the number and length of tubes.
When a maximum level of tube forming was observed, three

http://dx.doi.org/10.1155/2016/3595941
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Figure 1: Schematic cross-sectional diagramof humanumbilical cord (a) and tooth (b) shows anatomical compartments, includingWharton’s
jelly (a) and periodontal ligament (b), as a source of stem cells.

pictures were taken fromdifferent fields of eachwell.The data
were presented as averages of three different experiments.

2.6. Gene Expression Analysis. Total RNA was isolated from
undifferentiated and differentiated cells and cDNA was syn-
thesized [15].The expression levels ofOCT4, SOX2,NANOG,
telomerase reverse transcriptase (TERT), tissue-nonspecific
alkaline phosphatase (ALP), peroxisome proliferator-acti-
vated receptor gamma (PPAR𝛾), and platelet endothelial
cell adhesion molecule 1 (PECAM1) genes were measured
using TaqMan reagents. The expression of runt-related tran-
scription factor 2 (RUNX2) mRNA was determined by using
Power SYBR Green reagents in StepOne Plus qPCR instru-
ments (Thermo Fisher Scientific). Gene expression levels
were calculated with 2(−ΔCt) method relative to glyceralde-
hyde-3-phosphate dehydrogenase (GAPDH) as a reference.
For references of the primers see Supplementary Table 2.

2.7. Statistical Analysis. The data are presented as the mean
of three repeated experiments of the biological parallels ± SD.
Statistical comparisons were performed using Student’s t-test.
𝑃 values <0.001 were considered significant.

3. Results

3.1. Colony Forming Unit-Fibroblast Assay. The efficiency by
which MSCs can form colonies at low densities on the plastic
surface still remains an important assay for the quality control
of cell preparations. (The heterogeneity of the different MSC
isolates is demonstrated in Figure 2(a).) PDLSCs produced
94.3 ± 27.0 colonies from 400 cells which is significantly
higher than in the case of AD-MSC (46.3 ± 21.0) or WJ-MSC
(24.2 ± 8.9) isolates (Figures 2(b) and 2(c)).

3.2. Cell Surface Markers. The immunophenotypic profile of
adherent cells from each culture was determined by testing

a panel of surface markers using flow cytometry. Essentially,
100% of all the different MSCs expressed the most commonly
reported positive markers CD13, CD29, CD44, CD73, CD90,
CD105, and CD166. Endothelial markers CD31, CD144, and
CD309 and themarkers involved in hematopoiesis like CD14,
CD34, CD45, CD117, or CD133 and HLA-DR were absent or
indeterminably low. It should be noted that CD90 expression
decreased during passages in the case of a WJ-MSC iso-
late.

In agreement with the data in the literature, the vascular
cell adhesion molecule 1 (VCAM-1, CD106) was present in a
small subpopulation of the PDL (20.6 ± 4.5%) derived cells,
while AD-MSCs andWJ-MSCs failed to express this marker.
The melanoma cell adhesion molecule (MCAM, CD146),
known as a pericyte marker, was present in 25–55% of the
WJ-MSC and PDL cells, while AD-MSCs, in contrast to data
in the literature, did not express CD146 (Figure 2(d)).

The common MSC markers were found to be present in
all cell types examined, while marker density was variable in
the MSCs from different tissue sources. The presence or the
expression level of amarker inMSCs usually refers to a special
property of the cell. For example, it has been described that
CD29, CD44, CD73, CD90, CD105, and CD166 have roles
in the multilineage differentiation processes [19–21]. Thus we
tried to establish a correlation between the expression levels
of these surface markers and the osteogenic, adipogenic, or
angiogenic differentiation potential of the MSC isolates from
different tissue sources.The expression intensity of the mark-
ers was determined by flow cytometry. In our experiments
we found thatThy-1 (CD90) was present at high levels on the
surface ofAD-MSCs andPDLSCs,while thismarker levelwas
low in the case of WJ-MSCs.The ectonucleotidase CD73 was
expressed at significantly higher levels in the PDL cells, as
compared to other MSC isolates. Furthermore, the integrin
family member CD29 was expressed only modestly in AD-
MSCs (Figure 2(e)).
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Figure 2: Heterogeneity of the different MSC samples. The morphology of the cells was demonstrated with Giemsa staining (a). The colony
forming ability ofMSCswas investigated on 10 cmpetri dishes (b). Colony forming efficiencywas calculated as the number of colonies divided
by the total number of seeded cells (c). The CD106 and CD146 expression in different MSC isolates determined by flow cytometry (d). The
expression levels of CD90, CD73, and CD29 markers of MSC samples were determined with flow cytometry and represented as median
fluorescence intensities (MFI) (e). The photos demonstrate representative samples. ∗∗∗𝑃 value less than 0.001.

3.3. Osteogenic, Adipogenic, andChondrogenic Differentiation.
The trilineage differentiation capacity of MSCs was con-
firmed by standard induction protocols. The bone-forming
ability ofMSCs was followed by RT-qPCR analysis of RUNX2
and ALP mRNA expression after 7 days of differentiation in
an osteogenic medium. RUNX2 is the master transcription
factor in osteogenic development, while ALP is recognized
as an early marker of osteoblastic differentiation and indis-
pensable for extracellular matrix maturation. When induced,
all cell types showed upregulated expression of RUNX2,
and no significant differences were noticeable between MSC
isolates in this expression (Figure 3(a)). After stimulation, the
increased expression levels of ALP mRNA were found to be

similar in AD-MSCs and PDLSCs, while significantly lower
ALP gene expression was observed in the WJ-MSC samples
(Figure 3(b)).

After 14 days of osteogenic MSC differentiation induc-
tion, alizarin red staining was performed to directly visu-
alize the mineralization of the extracellular matrix in these
cultures. The quantification of the staining showed the high
calcium accumulation in AD-MSC and PDLSC isolates. The
mineralization capability of WJ-MSCs lagged far behind
those observed in MSCs from other tissues (Figures 3(c) and
3(d)). We observed significant correlation between the CD90
expression patterns and the levels of calcium deposition in
the different MSC isolates (Figure 2(e)).



Stem Cells International 5

0.01

0.10

1.00

AD-MSC WJ-MSC PDLSC

RU
N

X2
/G

A
PD

H

Undifferentiated
7-day differentiation

(a)

AD-MSC WJ-MSC PDLSC

A
LP

/G
A

PD
H

Undifferentiated
7-day differentiation

1.E + 02

1.E + 00

1.E − 02

1.E − 04

∗∗∗

∗∗∗

(b)

AD-MSC WJ-MSC PDLSC

(c)

0

5

10

AD-MSC WJ-MSC PDLSC

∗∗∗

∗∗∗

A
liz

ar
in

 re
d 

S 
st

ai
n 

O
D

:4
5
0

nm

(d)

AD-MSC WJ-MSC PDLSC

(e)

0.0

0.2

0.4

0.6

0.8

AD-MSC WJ-MSC PDLSC

∗∗∗

∗∗∗

O
D

:4
9
0

nm
O

il 
re

d 
O

 st
ai

n

(f)

AD-MSC WJ-MSC PDLSC

Undifferentiated
7-day differentiation

∗∗∗

∗∗∗

PP
A

R𝛾
/G

A
PD

H

1.E + 03

1.E + 00

1.E − 03

1.E − 06

(g)

AD-MSC WJ-MSC PDLSC

(h)

Figure 3:The trilineage differentiation ability ofMSC isolates.The expression level of theRUNX2 (a) andALP (b) genes in the undifferentiated
and differentiated samples, determined with RT-qPCRmeasurements. Alizarin red staining was used to demonstrate the calcium deposition
of the matured bone matrix after 14 days of osteogenic induction (c). The stain was dissolved and quantified colorimetrically (d). Lipid
accumulation was confirmed by oil red O staining (red dots) after adipogenic induction; cells were counterstained with dimethyl methylene
blue stain (e). The concentration of the red stain was determined colorimetrically (f). The adipogenesis was followed with RT-qPCR
measurement of PPAR𝛾 gene (g). Chondrogenic differentiation was confirmed in all samples (h). The photos demonstrate representative
samples. ∗∗∗𝑃 value less than 0.001.
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Figure 4: Endothelial differentiation potential of the MSCs was tested in Matrigel tube formation assay. Tubular-like structures were
photographed (a) and analyzed with TubeCount software. Human umbilical vein endothelial cells (HUVEC) were used as controls. Total
tube length (b) and numbers (c) were counted and presented in the diagrams. The changes in the expression of PECAM1 during endothelial
differentiation were followed with RT-qPCR. Samples were collected from undifferentiated and predifferentiated states (7-day endothelial
induction) and after angiogenesis in a Matrigel assay (d). The 3D network developed by a representative PDLSC sample was demonstrated
with fluorescence staining of the cell membrane byDiSC3(5) (red) and the nucleus byDAPI (cyan) (e).The photos demonstrate representative
samples. ∗∗∗𝑃 value less than 0.001.

In the adipogenic differentiation experiments AD-MSCs
accumulated significantly higher amounts of lipids, as com-
pared to the other MSC preparations (Figures 3(e) and 3(f)).
The mRNA expression levels of PPAR𝛾, a key factor in
adipogenesis, were in close correlation with the amounts
of lipid deposition, indicating that AD-MSCs can produce
adipocytes most effectively (Figure 3(g)). We found that
CD29 expression levels in AD-MSCs were the lowest (Fig-
ure 2(e)); thus CD29 expression may be inversely related to
the adipogenic differentiation potential as in accordance with
the findings of Rodeheffer et al. [22].

We have also performed chondrogenic differentiation of
the various MSC preparations. We found that all MSC types
were capable for this differentiation (Figure 3(h)).

3.4. Endothelial Differentiation. The endothelial forming
potential of theMSCs was examined in an angiogenesis assay,
wherein we found that AD-MSCs and WJ-MSCs reached
a maximum tube-forming potential between 3 and 7 hours
after seeding, while the PDLSCs needed 18–20 hours to form
a well-developed capillary-like tubule network. The tube-
forming potential of AD-MSCs and PDLSCs was similar to
that observed in the HUVEC, while the tubular networks
formed by WJ-MSCs were significantly less developed, as
compared to other isolates (Figures 4(a), 4(b), and 4(c)).
Moreover, the tubes generated by MSCs derived from dif-
ferent tissues showed significantly different phenotypes. AD-
MSCs and WJ-MSCs formed relatively short tubes and the
tubes of WJ-MSCs were much thicker than those formed
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Figure 5: Pluripotency and mesodermal markers of MSCs. The embryonic stem cell marker ABCG2 was detectable uniquely in PDLSCs,
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demonstrate representative samples. ∗∗∗𝑃 value less than 0.001.

by the other MSC isolates. The extensive tubular network
formed by PDLSC mostly consisted of long and thin tubes,
resembling capillaries. A characteristic sample of a tubular
network formed by fluorescently stained PDL stem cells is
demonstrated in Figure 4(e).

Themessenger RNA expression of the endothelial specific
marker PECAM1 was analyzed by real-time qPCR after
prestimulation of the MSCs and after retrieval of the cells
from the Matrigel (Figure 4(d)). An elevation in PECAM1
mRNA expression level was observed after the induction in
all MSC preparations. Furthermore, an additional elevation
was noticeable in the expression of PECAM1 when the cells
formed endothelial structures. However, PECAM1 mRNA
expression was still significantly smaller as compared to that
found in the HUVEC, in which no further activation of
this gene expression was observed either in an angiogenesis
inducing medium or in the Matrigel environment.

All these results indicate a higher endothelial differentia-
tion ability and vessel-forming potential of PDLSCs and AD-
MSCs, as compared to the WJ-MSCs.

3.5. Expression of Pluripotency andMesodermalMarkers in the
MSC Preparations. In these experiments we have examined
whether WJ-MSCs, suggested to be in more early stages
of stem cell development, express any special pluripotency
markers. The expression of mRNA of transcription factors
indicating a pluripotent stem cell state, including OCT4,
SOX2, Nanog, or that of TERT, a major factor in maintaining
self-renewal capacity, was not detectable in either of the

MSC isolates examined here (data not shown). However,
the stage-specific embryonic antigene-4 (SSEA-4), a marker
of undifferentiated state in human embryonic stem cells,
was present in a remarkable quantity on the surface of the
WJ-MSCs (37–65%), in contrast to that found in AD-MSCs
and PDLSCs (6–8%). The presence of the ABCG2 protein,
another potential stem cell marker, was detectable with flow
cytometry exclusively in the PDLSCs (Figure 5(a)).

In immunocytochemistry studies the mesodermal mark-
er proteins, 𝛼-SMA, typically expressed in smooth muscle
cells, and the transcription factor GATA6, were observable
only in WJ-MSCs (Figures 5(b) and 5(c)).

4. Discussion

MSCs derived from diverse tissues share some common
properties [6]; however, on closer examination, cells with
very heterogeneous properties can be foundwithin individual
isolates in the expression of various markers. The colony
forming capacity and the differentiation potential of these
isolates can vary as well.

In this study we found that the expression levels of
CD90, CD73, and CD29 were variable, but representative
for the MSCs isolated from different tissue sources. Here
we observed that AD-MSCs and PDLSCs expressed higher
CD90 levels and showed greater bone and endothelial differ-
entiation ability, as compared to WJ-MSCs. In the literature
an enhanced bone regeneration potential of AD-MSCs with
high level expression of Thy-1 has already been found [23].
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These data suggest that MSCs with high CD90 expression
may have the ability to differentiate into both bone and
endothelial cells.

The use of MSCs for tissue engineering applications was
found to be safe [24].Themost relevant question in bone graft
tissue engineering is how efficiently a progenitor cell can form
bone nodules. In our experiments the calcification potential
ofAD-MSCswas similar to PDLSCs.However, the osteogenic
capacity of WJ-MSCs was significantly lower, as compared
to MSCs from other tissue sources. This observation is in
agreement with the results of Yu et al. [25], reporting that
differentiated PDLSCs showed a better mineral deposition as
compared to WJ-MSCs, although no significant differences
were observed in the upregulation of RUNX2 gene expression
in these MSCs. The elevation in RUNX2 mRNA expression
indicates the beginning of the ossification process, while
in this period no matured osteoblasts can be developed as
yet, as suggested by a low level ALP expression, which is
an important factor in matrix maturation [26]. The high
RUNX2 and low ALP mRNA levels in the WJ-MSCs may
explain the relatively low calcification potential of these
cells.

Here we showed that none of the examined MSCs
expressed the classical embryonic stem cell markers OCT4,
SOX2, hTERT, or Nanog. ABCG2, a potential pluripotency
marker, was uniquely detectable at a relative high level on
the surface of PDLSCs.The findings thatWJ-MSCs expressed
the highest level of the pluripotency marker SSEA-4 and only
WJ-MSCs expressed 𝛼-SMA and GATA6 protein altogether
indicate that this cell type is at an earlier stage of stem
cell development. It may also explain the need for a longer
induction time in in vitro differentiation experiments [27].
It is in accordance with the findings of Kubo et al. [28],
whereas the knockdown of GATA6 expression by siRNA
suppressed the self-renewal capacity of human MSCs. The
limited differentiation potential of 𝛼-SMA expressing MSCs
has already been reported [29]; however the role of SSEA-4 in
the maintenance of pluripotency is still controversial [30, 31].

It is important to find the most suitable cell types and
techniques tomaintain proper blood flow inside of large bone
grafts [5]. MSC therapy has been considered as an alternative
clinical intervention. On one hand MSCs help healing by
support angiogenesis, mediated by paracrine factors (e.g.,
VEGF). On the other hand, the endothelial differentiation
ability of the transplanted MSCs directly leads to vessel
formation. It has been demonstrated in clinical studies that
transplantation of allogenicMSCs to the affected area is a safe
and efficient procedure to promote regenerative vasculariza-
tion [32]. Furthermore, the angiogenic potential of dental
pulp derived stem cells has already been observed [33], indi-
cating that dental stem cells can be suitable candidates
to achieve complex bone replacement. Here we show that
PDLSCs can form endothelial structures as effectively as AD-
MSCs and thus may generate proper vasculature in bone
grafts.

The main therapeutic advantage of AD-MSCs, namely,
their availability in large numbers, may be overcome by the
faster proliferation rates of PDLSCs (data not shown), while a
disadvantage of these latter MSCs is the need for their ex vivo

culturing to reach the required cell number for therapeutic
applications.

As a summary, AD-MSCs and PDLSCs seem to be both
suitable for complex bone replacement applications, com-
plemented with a vascular network formed by the same
donor cell types. These detailed in vitro studies may signif-
icantly promote further use of MSCs in in vivo therapeutic
approaches in bone regeneration.
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Dental pulp is an accessible source of multipotent mesenchymal stromal cells (MSCs).The perspective role of dental pulp stem cells
(DPSCs) in regenerative medicine demands an in vitro expansion and in vivo delivery which must deal with the safety issues about
animal serum, usually required in cell culture practice. Human platelet lysate (PL) contains autologous growth factors and has been
considered as valuable alternative to fetal bovine serum (FBS) in cell cultures. The optimum concentration to be added of such
supplement is highly dependent on its preparation whose variability limits comparability of results. By in vitro experiments, we
aimed to evaluate a standardised formulation of pooled PL. A low selected concentration of PL (1%) was able to support the growth
and maintain the viability of the DPSCs. The use of PL in cell cultures did not impair cell surface signature typically expressed by
MSCs and even upregulated the transcription of Sox2. Interestingly, DPSCs cultured in presence of PL exhibited a higher healing
rate after injury and are less susceptible to toxicity mediated by exogenous H

2
O
2
than those cultured with FBS. Moreover, PL

addition was shown as a suitable option for protocols promoting osteogenic and chondrogenic differentiation of DPSCs. Taken
together, our results indicated that PL is a valid substitute of FBS to culture and differentiate DPSCs for clinical-grade use.

1. Introduction

Dental pulp stem cells (DPSCs) are multipotent stromal/
mesenchymal stem cells (MSCs) representing a source, free
of ethical issues, of replacement cells worthwhile in human
therapies. From a clinical point of view, it is necessary to avoid
any immunological reaction to the xenogenic material; then
the investigation on xeno-free ex vivo expansion of MSCs is
highly encouraged. Many platelet derivates were tested so far
in different forms for cell culture to replace animal serum
supplementation. Currently, the use of human platelet lysate
(PL) in clinical settings led to many therapeutic successes
including orthopaedic, periodontal, oral, and maxillofacial
surgeries [1]. PL is biocompatible and has no risk of trans-
missible viral disease or prionic contamination. Platelet con-
centrates can be prepared by buffy coat or platelet-rich plasma

(PRP)method [2], even from expired blood derivates. Freeze-
and-thaw cycles, sonication, and thrombin/CaCl

2
activation

have been used to obtain PL [2]. The variability in PL man-
ufacturing influences the content of main growth factors
(GFs) that will be available in cell culture, such as PDGF
isoforms, TGF-𝛽1, and also VEGF, HGF, and bFGF. The
inconsistency of the results makes PL functionality in vitro
still not exhaustively explored. Furthermore, specific and
optimal culture conditions will be searched [3, 4] especially
for MSCs [5].

DPSCs received great attention for their osteogenic
potential; besides they demonstrated an angiogenic potential
[6], a commitment to melanogenesis [7], differentiation in
neurons [8], and islet-like aggregates formation [9].The tran-
scriptomes and cytogenetical stability of DPSCs expanded
under PL and FBS were previously compared and revealed
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similar profiles [10]. Also CFU-potential, the immunophe-
notype, and trilineage differentiation according to MSC
requisites were comparable [10]. 5% PL was defined as the
concentration for increased cellular proliferation and for
good mineralisation in vitro for DPSCs [10–12]. In addition,
the same concentration was used to seed DPSCs on bio-
materials, showing positive effects on regeneration in vivo
[11]. Often 10% PL inhibited the proliferation of DPSCs.
Interestingly, DPSC cultures in PL had a higher ALP activity
compared to FBS [11, 12]. We initially combined different
assays to select an optimal PL concentration for DPSCs
growth, by evaluating different cell health indicators, such as
membrane permeability, cell division, and metabolic activity.
The comparison between FBS and the selected PL concen-
tration for mesenchymal stem cell capacity was evaluated by
surface marker expression and gene expression of relevant
transcriptional factors.

We focused on PL effects on repairing properties of
DPSCs by performing in vitro migration and survival assay.
Finally, we introduced PL in osteogenic and chondrogenic
inducer media in order to evaluate its effect on DPSCs
differentiation.

We characterised a standardised commercially available
human allogenic platelet lysate as an attractive candidate
for in vitro culture of DPSCs [10]. The use of this safe,
quality-controlled, and potentially advantageous supplement
could establish a preparatory study for regenerative medicine
applications.

2. Materials and Methods

2.1. DPSCs Source and Cell Culture. Human-impacted third
molarswere extracted from20-year-old healthy patients from
Calabrodental Clinic (Crotone). All donors signed a written
informed consent according to the Ethical Committee policy.
To isolate DPSCs, the obtained normal teeth were washed in
saline solution containing antibiotic solutions and immedi-
ately transferred to the cell culture laboratory. Mesenchymal
stem cells were isolated under sterile conditions according to
a previously published method [13, 14]. Briefly, pulp tissues
were isolated and washed several times with PBS and further
cut with a scalpel into small pieces. Subsequently, the whole
small pieces were dissociated to have single cell suspension
by enzymatic digestion, using 3mg/mL type I collagenase
and 4mg/mL dispase (Sigma-Aldrich, Saint Louis) in Hank’s
Balanced Salt Solution (Invitrogen, Carlsbad). Then, samples
were incubated for 1 h at 37∘C in agitation and the digest
was diluted in alpha-minimal essential medium (𝛼-MEM,
Gibco, Grand Island) supplemented with 10% FBS (Gibco,
Grand Island) and centrifuged at 300×g for 5min. The
pellet was finally resuspended in fresh medium, seeded in
culture dishes, and incubated at 37∘C 5% CO

2
. DPSCs were

routinely expanded in growth medium consisting of 𝛼-MEM
supplemented at 10%FBS. Trilineage differentiation ofDPSCs
was early assessed and cell stocks were cryopreserved. Two
donorswere used for the study. PLwas purchased fromSclavo
Diagnostics (Sovicille).

2.2. Viability Assays. For live/dead imaging, DPSCs were
grown on sterile cover slides 24 × 24mm and cultured for
5 days in FBS or PL media. After formalin fixation, the
cells were stained with a solution of Calcein AM-EthD-
III (Biotium, Hayward) according to the kit indications.
Epifluorescent signal was detected and relative images were
acquired through SP5microscope (Leica,Wetzlar).Metabolic
activity of DPSCs was assessed by PrestoBlue (Molecular
Probes, Eugene) assay. Briefly, cryopreserved DPSCs were
thawed and resuspended in 𝛼-MEM containing FBS at 10%
or PL at 5%, 2%, and 1%. Cells were seeded at 2500 cell/well
in one 96-well plate for each analysed time point; more
than 6 wells were replicated for each condition. An aliquot
of fresh medium was provided to the plates that were
cultured for more than 4 days. The PrestoBlue reagent was
incubated as supplier instruction to a final volume of 100𝜇L;
after 2 hours the collected supernatant was measured for
absorbance with Multiskan GO (Thermo Fisher, Waltham)
spectrophotometer (570–600 nm). An additional control was
set using human serum (HS) 10%. For viable cell counts,
the samples were trypsinized after 3 days or 3 weeks and
measured by ADAM-MC (AlphaMetrix, Rödermark) system
to evaluate cell membrane permeability by dye exclusion.

2.3. Flow Cytometry. To investigate cellular proliferation,
DPSCs were labelled with 5 𝜇Mof 5-chloromethylfluorescein
diacetate (CMFDA) in 𝛼-MEM for 45min at 37∘C CO

2
.

Cells were washed in medium and seeded at 105/well in
a 12 well-plate, in duplicate, for different time points (2,
3, and 4 days). Cytoplasmic amount reduction of the dye
was measured using NAVIOS flow cytometer (Beckman
Coulter, Brea). The data were analysed with FlowJo software.
For immunophenotype analysis, cells cultured for 1 week
with 10% FBS or 1% PL were trypsinized and aliquoted in
FACS tube. Cells were washed twice with PBS 0,1% BSA.
To limit unspecific binding, a blocking step is performed by
resuspension of the pellets with PBS 1% BSA for 15min. Cells
were stained on ice for 1 h with saturating concentrations
of primary conjugated antibodies diluted 1 : 50 in PBS 0,1%
BSA. CD13-PE (mouse IgG1), CD29-APC (mouse BALB/c
IgG1), CD44-FITC (mouse IgG2b), CD45-APC-H7 (mouse
IgG1), CD73-FITC (mouse IgG1), CD90-PE (mouse BALB/c
IgG1), and CD105-APC (Mouse BALB/c IgG1) monoclonal
antibodies purchased from BD (Franklin Lakes) and CD146-
PE (mouse IgG1), CD34-FITC (mouse IgG2a), and HLA-
DR-PE (recombinant human IgG1) monoclonal antibodies
purchased from Miltenyi Biotec (Bergisch Gladbach) were
used to define the MSC panel as previously described [15].
At least 10000 events were counted for each sample.

2.4. Real-Time PCR. To analyse cell differentiation state,
gene expression was analysed as previously described [15,
16]. Briefly, RNA samples were obtained after extraction
with PureLink RNA mini kit (Thermo Fisher, Waltham)
following the manufacturer’s instruction. Total RNA was
quantified through spectrophotometry and 500 ng of RNA
was subjected to reverse-transcription reaction using the
High Capacity RNA-to-cDNA Kit (Applied Biosystem,
Foster City). One microliter of cDNA was amplified by
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real-time PCR with the Power SYBR green PCR Master
Mix (Applied Biosystem, Foster City). Real-time PCR reac-
tions were carried out in a PikoReal 96 (Thermo Fisher,
Waltham) apparatus with the following conditions: initial
denaturation step at 95∘C for 10min, followed by 40 cycles
of 10 s at 95∘C and 1min at 60∘C. The specificity of PCR
products was checked by analysis of melting curves. The
expression of each gene was determined from the Ct value,
and relative expression levels were calculated using the ΔΔCt
method after normalisation to the expression of the HRPT
housekeeping gene. All primer pairs sequences are listed
in Table S1 in Supplementary Material available online at
http://dx.doi.org/10.1155/2016/7230987.

2.5. Wound Scratch Assay. For scratch assay, DPSCs were
seeded and grown until confluence in 35mm dishes. An
in vitro wound (600𝜇m average size) was created in the
monolayer by scraping it over the total diameter with a sterile
10 𝜇L pipette tip. Dishes were washed twice in 𝛼-MEM to
smooth the scratch edges and remove any suspended cells.
Cultures were refed with fresh complete medium containing
10% FBS or 1% PL. Reference markings were made on the
external surface of the dishes to identify scraped zones to
be photographed 2 hours and 24 hours after scratch. To
quantify the wound healing capacity, images were manually
analysed. A digital rectangle zone free of cells and centred on
the wound breadth was set on 2-hour controls and thus was
superimposed on the corresponding 24-hour images. Cell
dense regions were drawn trough polygonal selection tool
and measured by ImageJ software. Multiple selections were
summed and healing was determined as percentage of the
open (wound) area at 24 hours.

2.6. Chemotaxis Assay. Anunder-agarosemethodwas adapt-
ed from Vogel et al. [17] Briefly, sterile melt 1% agarose in
𝛼-MEM was poured in 60mm dishes. Three equally distant
wells (≈5mm) were made by pressing a sterile tip on the
agarose gel surface. The gel was equilibrated overnight in 𝛼-
MEM. DPSCs were harvested at exponential phase, washed
in 𝛼-MEM, and seeded in the central well at concentration of
3.5 × 104 cells/70𝜇L. A volume of 70 𝜇L medium containing
10%FBSor 1%PLwas added to the rightwell in order to create
a chemoattractant gradient in culture, while a same volume
of 𝛼-MEM was added to the left well as negative control of
chemotaxis. After 24 hours of incubation at 37∘C 5% CO

2
,

both left and right wells were refilled of their content. At 48
hours, the dishes were gently washed and fixed in formalin
5% overnight at 4∘C. Four pictures (10x zoom) were taken at
24 hours for quantitative analysis at each interwell’s zone.The
images were tiled and cell number was manually counted in
ImageJ software. Only cells completely outside the well and
under the agarose were considered. The counted number of
migrated cells is corrected subtracting the number of cells
which moved towards the negative control well.

2.7. Cell Survival Assay. The damaging effect of millimolar
concentrations of H

2
O
2
on DPSCs was tested in dose-

dependent manner after 1-hour exposition in basal medium

(BM) which consisted of 𝛼-MEM. PrestoBlue assay was
performed after 48 hours to detect the challenge on viability
[18, 19]; therefore an EC

50
of 500𝜇M was established for

following experiments (Fig. S3). For cell survival test, DPSCs
were seeded as 3.5 × 104DPSCs/well of a 96-well plate and
left to adhere in complete media, 10% FBS or 1% PL. On the
next day, all the wells were washed with PBS and 500𝜇M
H
2
O
2
was added in basal medium (BM) or completemedium

(CM) containing 10% FBS or 1% PL. Subsequently, cells were
treated for 1 h in incubator. At the end of the treatment, H

2
O
2

dilution was replaced with new complete medium. After 6
hours, at 37∘C 5% CO

2
, PrestoBlue was incubated for 2 hours

and its absorbance read. Alternatively, DPSCs were seeded in
12-well plates, treated as above, and trypsinized 6 hours later
to perform viable counting by ADAM-MC.

2.8. In Vitro Osteogenic Differentiation. For osteogenic differ-
entiation, growing cells were detached and seeded subcon-
fluently in 60mm Petri dishes. At 85–90% of confluence, cell
medium was changed to osteogenic medium composed of 𝛼-
MEM with glutamine (Gibco, Grand Island), 1% PL, 0,2mM
L-ascorbic acid-2-phosphate (Sigma-Aldrich, Saint Louis),
100 nM dexamethasone (Sigma-Aldrich, Saint Louis), 10mM
𝛽-glycerophosphate (Sigma-Aldrich, Saint Louis), penicillin-
streptomycin solution (Sigma-Aldrich, Saint Louis), and
0.25mg/mL amphotericin B (Sigma-Aldrich, Saint Louis).
The positive control group medium included 20% FBS in
place of PL. Osteogenic inductionwas performed for 4weeks,
replacing media twice a week.

The differentiation was assessed by Alizarin red, quanti-
fied via spectrophotometry (405 nm) after dissolution in 10%
acetic acid, and analysed by real-time PCR (primer listed in
Table S1) for gene expression levels of osteogenic markers.

2.9. In Vitro Chondrogenic Differentiation. For chondrogene-
sis differentiation, DPSCs were initially detached and seeded
subconfluently in 60mm dishes. At 85–90% of confluence,
growth medium was changed to chondrogenic medium
composed ofDMEMHighGlucose (Gibco,Grand Island), 1%
PL, ITS + 1 Supplement (Sigma-Aldrich, Saint Louis), 100 nM
dexamethasone (Sigma-Aldrich, Saint Louis), 50mg/mL L-
ascorbic acid-2-phosphate (Sigma-Aldrich, Saint Louis), and
freshly added 10 ng TGF-𝛽1 (Miltenyi Biotec, Bergisch Glad-
bach). The positive control groups’ medium did not include
PL in the formula. Chondrogenic induction was performed
for 3 weeks, replacing the media twice a week. Alcian blue
staining was extracted in acetic acid and its relative quantifi-
cation was performed by spectrophotometry (620 nm). For
micromass culture 5 × 105 cells were pelleted at 300 g and
washed in 1mL of medium free of TGF-𝛽1 and then left
to aggregate in incubator in 1mL of chondrogenic medium
(with TGF-𝛽1). Chondrogenic induction was performed for
3 weeks, replacing the media twice a week.

2.10. Histology. In several wound scratch assays, the scraped
dishes were fixed and stained with eosin for qualitative
late time points (3 days and 7 days) analysis and storage
of samples. For osteogenesis confirmation, the dishes were
fixed in 10% formalin for 15min, washed in distilled water,
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and stained with Alizarin red (5mg/mL) for 30min. The
samples were then washed several times with distilled water
until clarity. For chondrogenesis confirmation, wells were
fixed in 10% formalin for 15min, washed in distilled water,
and stained with Alcian blue pH 2.5 (Bio-Optica, Milan)
following the supplier’s indications. Finally, the samples were
washed twice in abundant distilled water. Chondrogenic
micromasses were formalin-fixed overnight, embedded into
agarose block, and processed for classical histology. Sec-
tions of 3,5 𝜇m thickness were prepared using microtome
(Leica). The slides were finally stained with Alcian blue
and counterstained in Azocarmine Red (Bio-Optica, Milan).
All histological samples were photographed for qualitative
analysis using optical microscopes and color cameras (Leica
suite).

2.11. Statistics. All the plots were edited in GraphPad Prism
software. The specific statistical method to interpret the
graphs is described within the individual captions. Differ-
ences were considered statistically significant when 𝑃 < 0.05.
∗
𝑃 < 0.05; ∗∗𝑃 < 0.01; ∗∗∗𝑃 < 0.001; ∗∗∗∗𝑃 < 0.0001.

3. Results

3.1. Viability and Proliferation. The effect of different concen-
trations of PL ranging from5% (high) to 1% (low)was initially
compared to 10% FBS by observing viability parameters.
The imaging of DPSCs, grown at high density for 5 days
and marked with fluorescent live/dead staining, reported a
high viability rate in all compared conditions, with only rare
detection of dead cells across the whole sample (Figure 1(a)).
Slightly morphological changes appeared in 2% (mid) and
5% (high) concentrations of PL, where long intercellular pro-
cesses and circular association were visible at minor density.
After 3 days of culture, no statistically significant difference
among the conditions was shown, despite the fact that the
average number of cells grown with 5% PL seemed to be
lower (Figure 1(b)). Through relative viability quantification
of the counted samples, we confirmed the live/dead staining
qualitative results (Figure 1(c)). Viable counts of long-term
cultures showed that 1% PL is still competitive in viability
with respect to 10% FBS (Figure 1(d)). Different trends of
metabolic activity were emphasised instead by PrestoBlue
assay (Figure 1(e)). In particular, compared to FBS, both 1%
and 2% PL showed a higher metabolic rate during the first
days of culture, while the 5% PL never outdid FBS. Despite
the fact that 1% PL and 2% PL showed a similar trend, 1%
concentration brought fewer changes during the last days and
presented more similarity to FBS controls until the plateau
growth phase (10 days). To further assess if this low PL
concentration was sufficient to promote DPSCs proliferation,
cells within first days of culture were analysed by flow
cytometry for the CMFDA tracer (Figure 1(f)). CMFDA
labelling of DPSCs highlighted a significant higher rate of
proliferation in 1% PL compared to 10% FBS during 48 hours
from seeding (Figure 1(g)).

3.2. Stem Cell Properties. To verify the identity of MSCs
after the switch to 1% PL as supplement in cell medium,

the DPSCs were analysed for MSCs surface markers by flow
cytometry. The immunophenotype of DPSCs cultured in 1%
PL resulted in coexpression of the obligatory ISCT markers
[20] CD73, CD90, and CD105 and also the positive signal
by CD13, CD29, CD44, and CD146 (Figure 2(a)), while it
did not express negative markers such as CD34, CD45, and
HLA-DR (Fig. S1). Intriguingly, the half population of DPSCs
increased their CD146 expression when cultured in 1% PL.
Compared to their controls, fluorescence geometric mean of
PL is higher for CD13 and CD73 (data not shown). OCT4,
Nanog, and Sox2 pluripotency markers were evaluated by
quantitative PCR (Figure 2(b)). Samples cultured with PL
until 6 days maintained the level of transcription of OCT4
compared to those cultured with FBS. On the other hand,
PL supplementation timely increased Sox2 transcripts levels,
while Nanog levels were significantly higher only at the last
time point.

3.3. Migration Capacity. Platelet-derived GFs are involved in
woundhealing process [4]; thuswe performed a scratch assay.
Capturing images of different time points, we highlighted
a greater level of wound closure for DPSCs scraped and
then maintained in low-PL medium rather than in FBS
medium.The enhanced cellmigration in PL cultures from the
wound edges is clearly evident 24 hours later (Figure 3(a)).
Moreover, DPSCs cultured in low-PL medium continued to
reduce the gap space after 3 and 7 days with a faster rate
in comparison to FBS cultures (Figure 3(b)). One week after
scratch, DPSCs in 1% PL were able to fully close the open
wound area (Figure 3(c)). We also microscopically detected
cell division in the wound space (Fig. S2), thus not restricting
the repairing stimulation of PL to the migration of cells that
were already present before the injury. Moreover, we counted
the number of cells migrated at 24 h to have a quantitative
result (Figure 3(d)). To address the question if this migrating
ability can be associatedwith the solubleGFs contained in PL,
we performed an under-agarose chemotaxis assay. After 24
hours, a conspicuous number of DPSCs positively responded
to chemoattraction byPL,while very few cellsmigrated under
the agarose gel to FBS containing compartment (Figure 3(e)).

3.4. Resistance to Cellular Damage Induced by H2O2. The
early effect on survival/recovery of cells treated with 500𝜇M
ofH
2
O
2
was analysed either by PrestoBlue assay (Figure 4(a))

or viable counting (Figure 4(b)) after 6 hours from the
treatment. The presence in medium of PL before, during,
and after treatment (complete media, CM) marked a non-
significant difference output between untreated and treated
samples, thus neutralising or rescuing the cells from the
reactive oxygen species (ROS) action. On the contrary, the
continuative presence of FBS in the wells (CM) was not
sufficient to avoid cytotoxic effects of H

2
O
2
. Indeed, DPSCs

conditioned in FBS or PL media but then exposed to H
2
O
2

in basal media (BM) incubation reduced their vital activity
measured by PrestoBlue reagent and were affected in own
membrane integrity noticeable by dye exclusion cell counts.

3.5. Bony and Cartilaginous Differentiation. To test the suit-
ability of PL for in vitro differentiation protocols, we basically
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Figure 1: Effect of PL on the growth of DPSCs. (a) Representative images from live/dead fluorescence assay after 5 days of culture in different
culture conditions. Green = live; red = dead. (b) Viable counts quantified by ADAM system after 3 days of culture. Data shown as mean +
SD, 𝑛 = 3, statistical significance according to 2-way ANOVA method (𝑃 < 0.05); ns: not significant. (c) Statistic values (average viability
percentages) derived from samples in (b). (d) Viability after long-term culture of 3 weeks. Data shown as mean + SD, 𝑛 = 2. ns: not significant
according to unpaired 𝑡-test. (e) Cell growth activitymeasured by PrestoBlue assay. Data shown asmean + SD, 𝑛 = 2. (f) CMFDAproliferation
assay. Time-course comparing FBS and PL-selected condition. (g)Quantification ofMFI derived from samples in (f). Statistics based on 2-way
ANOVA method (∗𝑃 < 0.05). ns: not significant.

substituted 20% FBS to 1% PL for osteogenesis of DPSCs;
otherwise we added 1% PL to the serum-free formula for
chondrogenesis. Results from Alcian blue staining showed
the deposition of proteoglycans in both 2D (monolayers,
Figures 5(a)–5(d)) and 3D conditions (micromasses, Fig-
ures 5(g) and 5(h)), confirming that PL did not impair
chondrogenic differentiation of DPSCs. These results were
confirmed by spectrophotometric measurement of Alcian
blue complex formation (Figures 5(e) and 5(f)). Besides, FBS
replacement with PL did notmodify the formation of calcium
deposits stainable by Alizarin red (Figures 6(a)–6(e)). Again,
the differentiating condition in PL was statistically different
compared to its respective undifferentiated control, as well
as FBS condition (Figures 6(c) and 6(f)). Regarding genes
analysis, PL samples showed at the end of differentiation
a higher ALP expression compared to the respective basal
state, a situation that did not correspond in FBS controls
(Figure 6(g)). While FBS seemed to upregulate OSC and
DMP-1 osteoblastic markers in 4 weeks in differentiating
samples, we cannot affirm the same for PL differentiated
cultures, in fact, showing lower relative levels at the same time
of analysis (Figure 6(g)). RUNX2 transcription factor had a
comparable fold increase in FBS samples as well as in PL
samples (Figure 6(g)).

4. Discussion

So far, it has been observed that the proliferation rate of
MSCs cultured in PL-supplementedmediumwas higher than
that of those cultured in FBS-supplemented medium [21, 22].
The used concentrations of PL usually ranged from 10% to

lesser than 1%, but the great heterogeneity of the results,
mostly due to the preparation of PL, still delays the finding
of the best concentrations to be used for specific cell type
and application. The highest percentages, for example, 10%
PL, often were not suitable to culture or expand the cells
[11, 12], while 5% PL was the most tested and promising
concentration for MSCs [23–26]. Here, we observed a good
viability for 5% PL cultures but at the same time we noted
resistance to trypsinization at this concentration. Partially, in
accordance with other reports [27, 28], the DPSCs had easier
and faster detaching from the plate compared to FBS when
the concentrationswere lower than 5%PL.At 1%PL,we could
see that DPSCs attached quicker than FBS after cell seeding.
Using the same low-PL concentration, DPSCs displayed a
good viability and proliferation profile. Already Lee et al.
showed the feasibility of low-percentage supplementation of
PL for DPSCs growing and osteogenic differentiation [29].
On the base of our results, we choose 1% PL as selected
concentration to adopt in culture for characterising DPSCs
stemness, multipotency, and role in repair.

The immunophenotype of DPSCs cultured in PL was
completely faithful to MSCs markers panel, confirming pre-
vious studies by colleagues [10]. Many stem cell lines express
CD13; among the MSCs sources it is particularly present in
oral tissues, while it is absent in bone marrow compartment
[30]. The lack of this receptor was shown to impair in vitro
adhesion to several ECM proteins, migration, and invasion
[31]. Our PL cultures of DPSCs consistently expressed CD13.
CD13 together withCD29 andCD73 [32] andCD44 [33] were
associated with enhanced migrating phenotype of MSCs.
CD146 is an endothelial and pericytemarker [34]. It is known
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Figure 2: Stem cell markers comparison between FBS and PL cultures of DPSCs. (a) Immunophenotype for expressed MSC surface markers
by flow cytometric analysis. The number specifies the percentage of gated cells positive for the indicated protein. Data representative of two
experiments. (b) Relative levels of transcripts (fold change) for stemness markers derived from real-time PCR analysis. Statistical significance
determined by 2-way ANOVA (∗𝑃 < 0.05; ∗∗𝑃 < 0.01; ∗∗∗𝑃 < 0.001; ∗∗∗∗𝑃 < 0.0001), mean + SD, 𝑛 = 3.

to be downregulated in culture with FBS [35]. Moreover, our
DPSCs expressed the CD146 receptor on their membrane
when cultured in PL in comparison to FBS. This agrees with
recent data about CD146 increased expression by BM-MSC
in PL medium [24]. Both CD13 and CD146 are angiogenic
markers; thus our study generated preliminary data to further
include DPSCs angiogenesis protocols. Embryonic stem cell
markers, in particular transcription factors such as Oct4,
Nanog, and Sox2, were usually thought to have a similar
role in maintenance of stemness also in DPSCs [36–38]. In
general, they are indicative of a more immature phenotype
for MSCs [39]. Nonetheless, it is very hard to understand
the impact of their transcripts levels in DPSCs; an increase
of their expression sustains a proliferating condition by cells.
Our DPSCs cultures in PL sustained a higher gene expression
of Sox2 [40], which also plays a role in migration of DPSCs
[41].

MSCs can be exposed to various chemical or physical
stresses, which may induce a cellular decay. MSCs [42] and
HSCs [43] share with leucocytes the capacity of homing to
damaged sites in several tissues. It is essential that DPSCs
will move to the site of new skeletogenesis or during MSC-
mediated tissue repair. Many migration assays are available
tools for oral regeneration studies [44]. PL was also already
described as efficient in promoting in vitro wound healing
of dermal fibroblast [45], C2C12 mouse myoblasts [46], ker-
atinocytes [47], and other human cells [48]. So far, an indirect
enhanced migration and chemotaxis by BM-MSCs were
induced by coating of platelet lysate on HA/b-TCP scaffolds
[49]. In response to the injury, the DPSCs cultured in PL
improved their ability to fix an induced mechanical damage
such as a wound. In addition, we demonstrated that PL had
a superior chemotactic activity than FBS, a reason which is
likely correlated to the better migration of DPSCs towards
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Figure 3: In vitro migration capacity of DPSCs is enhanced by PL. (a) Representative images of early time points during the scratch assay.
Images were taken 2 hrs and 24 hrs after the initial scratch and are representative of 3 independent experiments. The cells were fixed and
stained at different endpoints as shown in (b) for 3 days and (c) 7 days. (d) Quantitative analysis of wound healing at 24 hrs after scratch. 100%
is set as open area 2 h time points. Data shown as mean + SD, 𝑛 = 3. Statistical significance determined using unpaired 𝑡-test (∗∗𝑃 < 0, 1). (e)
Quantification of chemotaxis derived from under-agarose assay. Data were collected using 24 h time points light microscope images. Data
shown as mean + SD, 𝑛 = 3. Statistical significance determined using unpaired 𝑡-test (∗∗∗𝑃 < 0.001).

the wounded region. Even though our experimental setting
aimed to show how the healing of a scratched monolayer of
DPSCs involved just the migration mechanism, surprisingly
also cell genesis was active during the reparative process.
Oxidative stress can lead to a wide range of cellular damage,
such as damage to membrane lipids, proteins, and DNA.
It is widely accepted that increasing concentration of free
radicals augmented premature senescence even in vitro [50]
or associated with bone disorders [51]. The platelets are very
reactive in vivo against H

2
O
2
which is a modulator and an

efficient inducer of their aggregation [52]. SOD enzyme, also
derived from the platelets, inhibited neutrophils excessive
production in reactive oxygen species (ROS). Despite the role
of platelets in releasing free radicals, their granules contained
also the enzyme catalase. Our experiments supposed the
rescue ofDPSCs treatedwithH

2
O
2
, implying a neutralization

action (supported by cell membrane permeability data) or
high-level metabolic recovery (mostly mitochondrial). We
speculate that the quite antioxidant activity detected with PL
couldmainly derive from catalase residues in the preparation

and may be a beneficial protecting feature for MSCs, if this
supplement is used. However, it is not possible to exclude
that the less susceptibility to H

2
O
2
is an intrinsic capacity

that the cells acquire for the adding of PL. Nonetheless, a
deeper comprehension would be desirable; this effect of PL
we showed was not observable at the same level for FBS.

Moreover, PL is highly requested for cell-based ther-
apies such as tissue engineering and bone and cartilage
regenerative approaches [53]. Chondrogenic and osteogenic
potentials were broadly studied and they were retained and
influenced by PL added in cultures of MSCs [21, 54, 55].
MSCs cultured in 5% PL were seen to spontaneously activate
osteoblastic gene expression [56]. Many authors documented
that appropriate concentrations (i.e., 5% PL) enhanced, in
particular, DPSCs mineralised differentiation and showed
odontogenic potency [11, 12, 24]. The generation of protocols
aimed at chondrogenesis taking advantage of PL is an
expanding field [10, 21, 25, 57, 58], because PL is a rich
source of natural TGF-𝛽 and the regenerative potential of
primary chondroblasts is more restricted. PL was recently
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Figure 4: Impact of H
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O
2
on cellular viability is influenced by PL in culture. (a) Metabolic activity of cultures measured by PrestoBlue

conversion 6 hrs after the treatment with H
2
O
2
. Data are expressed as mean + SD, 𝑛 = 3, derived from 2 experiments. (b) Automatic viable

cell counts after 6 hrs of treatment. Data were normalised to median value of control samples and shown as mean + SD, 𝑛 = 3. To determine
significant results, the unpaired 𝑡-test was performed (∗𝑃 < 0.05; ∗∗𝑃 < 0.01; ∗∗∗𝑃 < 0.001; ∗∗∗∗𝑃 < 0.0001). CM, treatment performed in
complete medium; BM, treatment performed in basal medium.
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Figure 6: Effect of PL on osteogenic differentiation of DPSCs. Alizarin red staining on undifferentiated sample cultured in growth medium
with 10% FBS (a) or 1% PL (d) and on samples differentiated with osteogenic medium containing 20% FBS (b) or 1% PL (e). Relative
quantification of the same staining by spectrophotometry. Data shown as mean + SD, 𝑛 = 3 samples. Two different experiments were
performed. Significant levels according to unpaired 𝑡-test (∗𝑃 < 0.05; ∗∗𝑃 < 0.01; ∗∗∗𝑃 < 0.001; ∗∗∗∗𝑃 < 0.0001). (g) Relative quantification
of osteogenic markers by real-time PCR on samples derived from the end (28 days) of the differentiating protocol. Data shown as mean + SD,
𝑛 = 3. Significant levels according to unpaired 𝑡-test (∗𝑃 < 0.05; ∗∗𝑃 < 0.01; ∗∗∗𝑃 < 0.001; ∗∗∗∗𝑃 < 0.0001).

implemented in scaffolds construction [59] and scaffolds
functionalization procedures [49]. We assessed the compati-
bility for the low-percentage concentration of commercial PL
to be introduced in osteogenic and chondrogenic traditional
protocols for DPSCs. Indeed successful colorimetric detec-
tion was measured either for calcium deposits by Alizarin
or for proteoglycans by Alcian blue. We found an active
gene transcription of the two osteoprogenitor markers ALP

and RUNX2. Even if a total improvement in osteogenesis
after the supplement comparison cannot be assumed at the
selected concentration, the objective advantage of a xeno-
free condition outlines an optimal reason to switch for our
research-grade protocols in whichGFs are delivered fromPL.
Actually, the positive controls conditions for differentiation
were considerably different from testing conditions. Indeed,
a 20% FBS and 1% PL, for the osteogenesis, were compared.



14 Stem Cells International

Respectively, the presence of PL during chondrocytic devel-
opmentwas used instead of absence of serum, suggested from
the historical protocol [60].

Further studies will helpfully evaluate the feasibility of
the use of PL in DPSCs isolation as already described for
BM-MSC [23, 54, 61]. Other elucidations are required for the
immunomodulation function in the presence of standardised
PL preparations, like the one tested in this work. So far, the
dual combination of PL with platelet-poor plasma (PPP) was
shown to be particularly efficient to boost the number of
clonogenic precursors from tissue biopsies, that is, primary
cultures of MSCs from bone marrow, umbilical cord, and
adipose tissue [62, 63].

5. Conclusion

Taken together, our results suggest that human allogenic PL is
a suitable alternative to FBS for expansion and differentiation
of DPSCs in vitro. Furthermore, up to our knowledge, this
is the first study reporting the influence of PL on DPSCs
migration and antioxidant effect during ex vivomaintenance.
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Adipose mesenchymal stem cells (ASCs) are considered as the promising seed cells for bone regeneration. However, the lower
osteogenic differentiation capacity limits its therapeutic efficacy. Identification of the key molecules governing the differences
between ASCs and BMSCs would shed light on manipulation of ASCs towards osteogenic phenotype. In this study, we screened
semaphorin family members in ASCs and BMSCs and identified Sema3A as an osteogenic semaphorin that was significantly
and predominantly expressed in BMSCs. The analyses in vitro showed that the overexpression of Sema3A in ASCs significantly
enhanced the expression of bone-related genes and extracellular matrix calcium deposition, while decreasing the expression of
adipose-related genes and thus lipid droplet formation, resembling a BMSCs phenotype. Furthermore, Sema3A modified ASCs
were then engrafted into poly(lactic-co-glycolic acid) (PLGA) scaffolds to repair the critical-sized calvarial defects in rat model. As
expected, Sema3AmodifiedASCs encapsulation significantly promoted new bone formation with higher bone volume fraction and
bone mineral density. Additionally, Sema3A was found to simultaneously increase multiple Wnt related genes and thus activating
Wnt pathway. Taken together, our study here identifies Sema3A as a critical gene for osteogenic phenotype and reveals that Sema3A-
modified ASCs would serve as a promising candidate for bettering bone defect repair.

1. Introduction

Bone defects are common in trauma, tumor resection, or
congenital local bone absence, among which approximately
5–10% could not heal spontaneously due to excessive bone
loss or abnormal bone metabolism [1]. Autogenous bone
graft or bone graft substitutes are needed in this situation
[2, 3]; however, sometimes autografting is insufficient or
problematic in certain conditions of great bone trauma or
systemic diseases [2, 3]. Therefore, bone graft substitute is a
promising alternative [2, 3]; in particular, tissue engineering
derived bone consisting of seed cells, scaffolds, and growth
factors is becoming a new trend in the field. As to the
seed cells, bone marrow mesenchymal stem cells (BMSCs)

are the first rational seed cells for bone defect repair and
regeneration, while the sources of BMSCs are limited [4,
5]. In 2002, Zuk et al. [6] found a new source of seed
cells, adipose-derived stem cells (ASCs), which are readily
available, able to differentiate into osteocytes, and potent in
replication [7–9]. Compared with the BMSCs, ASCs have a
poor performance in osteogenesis due to their origin, with
the detailed mechanism unknown [10–13]. Approaches to
increase the osteogenic capacity of ASCs would possibly
facilitate the utility of ASCs in bone repair and regeneration.

Previously, a number of approaches aiming at increas-
ing the osteogenic capacity of ASCs were tried. ASCs are
heterogeneous cells populations, with the osteogenic and
self-renewal capacities being different [14–16]. To this end,
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the ASCs subpopulations with strong osteogenesis poten-
tial were sorted via flow cytometry [17] and utilized for
bone engineering. Besides, osteogenic stimuli are added to
promote or activate the bone forming capacity of ASCs
before transplantation. For example, short-time exposure
to osteogenic medium of ASCs would upgrade the role
in bone defect healing, and this pretreatment would also
prevent tumor formation theoretically [18]. Besides, many
other biological factors, such as osteoprotegerin, platelet-
derived growth factor BB and bone morphogenetic protein,
loaded directly or on various vehicles for control release, have
also been tried, with different beneficial outcomes [19, 20].
Clarification of the mechanisms underlying the osteogenic
differences between BMSC andASCs would provide clues for
improving the osteogenesis of ASCs, shedding light on the
bone regeneration.

Semaphorin family, composed of more than twenty
secreted and membrane-associated proteins, plays a critical
role in development and wound repair, such as neural axonal
guidance, angiogenesis, and bone formation [21]. Accumulat-
ing studies indicate that some semaphorin family members
are involved in bone remodeling by promoting osteogenesis
[22–28], further suggesting the potent role of semaphorin
in bone development and regeneration. Up to now, whether
semaphorin is responsible for the difference between ASC
and BMSC in osteogenesis is totally unknown.

In this study, we compared the expression of semaphorin
members in mesenchymal stem cells with varied osteogenic
capacities, namely, young BMSCs, aged BMSCs, and ASCs.
Semaphorin 3A was identified as a gene highly expressed in
the mesenchymal stem cells with strong osteogenic capacity.
In vitro studies further confirmed the osteogenic role of
Sema3A by both Sema3A knockdown and overexpression.
Transplantation of Sema3A infected ASCs greatly improves
the bone repair and regeneration capacities in the calvarial
critical size bone defect model. Our study has revealed
that manipulating ASCs with Sema3A holds as a promising
approach for bone repair and regeneration in the future.

2. Materials and Methods

2.1. Cell Isolation and Culture. Sprague Dawley (SD) rats (4
weeks or 12 months old), obtained from the animal center
of Fourth Military Medical University (FMMU), were grown
and processed in accordance with Institutional Animal Care
and Use Committee (IACUC) approval of FMMU. For ASCs
isolation, the rats were sacrificed by euthanization followed
by cervical dissection. The bilateral inguinal adipose tissues
were harvested under sterile conditions and then digested
with 0.2% collagenase I for 40mins and filtered with 100 𝜇m
strainer mesh. The obtained filtrate was centrifuged (5min,
1000 r/min) and resuspended in DMEM medium (GIBCO,
USA) containing 10% fetal bovine serum (GIBCO, USA)
and 1% antibiotics (200mg/mL penicillin and 200mg/mL
streptomycin,) and cultured in an humidified atmosphere of
5% CO

2
at 37∘C. ASCs were passaged upon reaching 80%

confluency. For BMSCs isolation, bonemarrows of the femur
and tibia were harvested by syringe flushing, and then the
pelleted cells were resuspended and cultured in the same way

above. Passage 3 cultures were applied for both in vivo and in
vitro experiments in this study.

2.2. Lentivirus Packaging and Infection of ASCs. The
lentivirus plasmid expressing Sema3A gene was constructed
by cloning the Sema3A CDS into pWPI vector, designated as
pWPI-Sema3A. Lentivirus expressing Sema3A was packaged
by transfecting 293T cells with pWPI (or pWPI-Sema3A),
psPAX2, and pMD2G plasmids at the mass ratio of 10 : 5 : 1.
The obtained lentivirus expresses Sema3A and green
fluorescent protein (GFP) in pWPI-Sema3A or in control
pWPI. For lentivirus infection, the obtained lentivirus was
incubated with polybrene (8𝜇g/mL) before being added
into the ASCs. To define the MOI, ASCs were seeded at a
density of 4 × 105/well into a six-well plate in average DMEM
medium and infection efficiency was determined by flow
cytometric detection of GFP expression.

2.3. Flow Cytometric Analysis. The infection efficiency was
analyzed by flow cytometry. Forty-eight hours after infection,
approximately 3 × 105 ASCs either without infection or
infected with control pWPI lentivirus or Sema3A expressing
lentivirus were digested with trypsin/EDTA and resuspended
in 500𝜇L PBS. The expression of GFP in the above three
groups was analyzed by flow cytometry (BD, FACSAria).

2.4.Western Blot. Whole-cell proteinwas isolated fromASCs
using the Total Extraction Sample Kit (Sigma) according
to the instruction. For western blot analysis, equal proteins
were loaded on 12% SDS-PAGE gels and then separated
completely using vertical electrophoresis at 120V. After trans-
ferring onto a 0.5 𝜇m pore size nitrocellulose membrane
at 200mA, the separated proteins were blocked with 5%
bovine serum albumin and incubated with rabbit polyclonal
anti-Sema3A(Abcam, ab23393) and mouse polyclonal anti-
GAPDH primary antibodies diluted in 5% TBST for 8 hours
at 4∘C. The protein bands were visualized using the Odyssey
Infrared Imager system (LI-COR) after incubation with
corresponding fluorescent secondary antibody for 1 hour at
room temperature.

2.5. Cell Proliferation and Migration Assay. For cell prolifer-
ation analysis, two thousand cells with indicated treatments
in 150𝜇L medium were seeded per well in 96-well plate.
Ten 𝜇L cck-8 reagents were gently added and mixed evenly
into each well at indicated time. After 2 hours of incubation
at 37∘C, the absorbance value was read at 490 nm. For cell
migration assay, about 20,000 mesenchymal stem cells were
seeded on the Transwell insert with 8 𝜇m pore size followed
by surface wetting utilizing serum-free medium for 1 hours,
with the bottom chamber containing 500𝜇L Sema3A ASC
conditioned or control medium. Forty-eight hours later,
migrated cells were fixed and stained with crystal violet. The
migrated cells were visualized and counted under inverted
microscope.

2.6. Adipogenic and Osteogenic Differentiation Induction.
ASCs were maintained in the growth medium till conflu-
ence. One day after confluence, ASCs were converted into
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adipogenic induction medium (50 𝜇M 3-isobutyl-1-methyl-
xanthine (Sigma-Aldrich), 10 𝜇M dexamethasone (Sigma-
Aldrich), 10 𝜇M rosiglitazone (Sigma-Aldrich), and 10 𝜇g/mL
insulin).Themediumwas changed every 3 days.The differen-
tiated cells were fixed in 4% formaldehyde for 15 minutes
at room temperature and lipid droplets were identified by
Oil red O (Sigma-Aldrich) staining. For osteogenic differen-
tiation, 70% confluent cells were induced by osteogenic
induction medium containing 10mM disodium 𝛽-glycero-
phosphate (Sigma-Aldrich), 0.1 𝜇M dexamethasone (Sigma-
Aldrich), and 50mg/mL l-ascorbic acid (Sigma-Aldrich).The
medium was also changed every 3 days and full osteogenic
differentiation was achieved by 3-week induction, during
which time wemeasured alkaline phosphatase (ALP) activity
of ASCs and performed ALP staining after a 7-day osteogenic
differentiation induction, using ALP assay kit and ALP color
development kit. Osteogenic differentiation was examined by
Alizarin Red (Sigma-Aldrich) staining ofmineralizedmatrix.
The CPC (cetylpyridinium chloride, Sigma-Aldrich) method
was used to quantify the mineralized matrix as described
elsewhere [29]. Briefly, after staining with Alizarin Red, CPC
(10%, w/v, in distilled water) solution was added to each
sample (800 𝜇L perwell in 24-well plate) and incubated for 1 h
at 37∘C. After incubation, the CPC solution was transferred
to a 96-well plate (80 𝜇L per well) for absorbance reading at
570 nm.

2.7. Real-Time Quantitative PCR Analysis. Total RNA was
isolated using the Trizol (Invitrogen) before being subjected
to reverse transcription using PrimeScript RT Reagent kit
(Takara). Real-time PCR analysis (qPCR) was conducted
with SYBR Premix Ex Taq II (Takara) using a CFX96 Real-
Time System (Bio-Rad). GAPDH or 𝛽-actin was selected
as the internal control. The referred primer sequences are
listed in Supplementary Table 1 in Supplementary Material
available online at http://dx.doi.org/10.1155/2016/2545214.

2.8. Topflash Luciferase Reporter Assay. Wnt activity was
analyzed by Topflash analysis. Briefly, ASCs-control and
ASCs-Sema3A were, respectively, plated in 24-well plates at a
density of 1 × 105 cells per well and cultured for 24 hours.
Then, the 200 ng Topflash or Fopflash plasmid together with
10 ng pGL4.75 plasmid was transfected using Lipofectamine
2000 Transfection Reagent. Forty-eight hours after transfec-
tion, the cells were lysed and the relative luciferase activities
were measured using Dual Luciferase Reporter Assay System
according to the protocol.

2.9. Immunofluorescence. Immunofluorescencewas included
for probing the subcellular location of 𝛽-catenin in
ASC-Sema3A and control ASCs. Briefly, the cells were
fixed for 15 minutes in 4% formaldehyde and blocked with
PBS containing 3% BSA and 0.3% tween for 1 h. After that,
cells were incubated with primary anti-𝛽-catenin antibody
(ab32572, 1 : 200, Abcam) overnight at 4∘C. The secondary
antibody Alexa Fluor 555 goat anti-rabbit IgG antibody
was added for 1 hour to visualize primary antibody at
room temperature. Nuclei were counterstained in blue with

Hoechst (1/1000). Images were visualized with confocal
microscope (Nikon, Japan).

2.10. Construction of PLGA Scaffold-ASCs Implant. Poly(lac-
tic-co-glycolic acid) copolymer-collagen scaffolds were fab-
ricated as described before [16], with minor modification.
Briefly, ten-gram NaCl particles varying from 125 𝜇m to
300 𝜇m in diameter were seeded evenly in an 8 cm glass dish.
And one gram 65 : 35 PLGA (Sigma-Aldrich) was dissolved
entirely in 9mL dichloromethane (DCM). Then, the PLGA
solution was poured into the glass dish, and another ten-
gram NaCl particles were added into the glass as soon
as the liquid level sank down to NaCl particles. All the
procedure was done in the chemical hood and the DCM
was removed by evaporation. NaCl was removed by flushing
with large amounts of water. Five mm diameter PLGA discs
were obtained utilizing electric trephine. The obtained discs
were sterilized by Co60 irradiation and further immersed
into 50mg/mL collagen I solution for one hour to increase
the compatibility with cells. The ASCs-scaffold complex was
manipulated by dropping 50𝜇L ASCs solution (2 million
cells) onto the scaffold. The surface morphology of empty
scaffold and ASCs encapsulated scaffold were analyzed by
scanning electron microscopy. The acquired implants were
cocultured in the osteogenic medium for 48 hours before
being transplanted in vivo.

2.11. Creation of the Critical Size Calvarial Defect Model and
Transplantation of ASCs-Scaffold Implant. Adult male SD
rats, weighing 250–300 g,were intraperitoneally injectedwith
pentobarbital (1%, 0.4mL/100 g) and then subjected to local
anesthesia with primacaine.The surgical field was shaved and
sterilized; 2 cm long incisions weremade approximately from
the occipital middle region to the nose. Using a trephine
with saline irrigation cooling, 5mm full-thickness bone
defects were created. The rats were randomly divided into
four groups according to the differences of implants: (1)
control group, (2) PLGA scaffold only, (3) PLGA scaffold
with ASCs-control, and (4) PLGA scaffold with ASCs-Sema3A.
Following suture and postoperative anti-inflammation treat-
ment with gentamycin, animals were kept for 4- and 16-week
recovery before microCT and histology study.

2.12.Histology and Immunohistochemistry. To analyze the cell
survival and cell migration on the scaffolds, PLGA scaffold
with different fabrications was taken out from the defects five
days after implantation.Then, the complexes were embedded
in paraffin and cut into 5 𝜇m sections. Immunohistochem-
istry was carried out as reported by Zavatti et al. and so forth
[30]. Briefly, the sections were treated with boiling EDTA
buffer to expose the antigens. Then the sections blocked with
3% BSA were further incubated with the rabbit anti-collagen
I antibody for 1 hour at RT. After 3 times washing, the samples
were incubated for 1 hour at RT with the secondary antibody
diluted 1 : 200 before DAB staining. After washing again, the
sections were counter stained with hematoxylin.

For histological analysis after 4- or 12-week recovery,
the decalcified specimens were embedded in paraffin and
then cut into 5 𝜇m sections. The sections were stained with



4 Stem Cells International

ASC BMSC

Alizarin Red staining

(a)

0

1

2

3

4

ASC
BMSC

∗

O
D

 v
al

ue
 (5

70
nm

)

(b)

ASC
BMSC

0

2

4

6

8

10
 S

em
a3

A
 m

RN
A

 ex
pr

es
sio

n

∗

(c)

 S
em

a3
A

 m
RN

A
 ex

pr
es

sio
n

0

5

10

15

20

4 weeks
12 months

∗

(d)

Figure 1: High expression of Sema3A correlates with the potent osteogenic capacity in BMSCs. (a) ASCs and BMSCs from the same rat were
cultured in the osteogenic medium and significantly less mineralization nodules were found in ASCs than that in BMSCs after 21 days of
osteogenic induction. (b) Quantification data of ECM mineralization in Figure 1(a). (c) Sema3A expression was significantly less in ASCs
than that in BMSCs, as detected by qPCR. (d) Lower Sema3A expression was also found in 12-month rat derived BMSCs, compared with that
from 4-week rat derived BMSCs. Mean ± SD, 𝑛 = 3, and ∗𝑝 < 0.05. Sema3A, semaphorin 3A; ECM, extracellular matrix.

hematoxylin and eosin (H&E) to highlight the different
tissues.The digital sections images were capturedwith the aid
of light microscope.

2.13. Micro-CT Scanning. After being intraperitoneally
injected with excessive pentobarbital, rats were sacrificed
and the calvariae around the bone defect were excised
and placed in 10% neutral buffered formaldehyde for 12
hours. For further imaging examination, a high-resolution
micro-CT scanner was employed. Samples were scanned
with a resolution of 20𝜇m; afterwards, whole cranium was
reconstructed using data analysis software. Five mm in
diameter along the edge of defect was set as the region of
interest. The bone volume fraction (BVF) and the trabecular
thickness were calculated.

2.14. Statistical Analysis. All data were expressed as mean
± SD. Statistical significance was determined with Student’s

t-test or ANOVA using SPSS software. Statistical significance
was accepted for 𝑝 < 0.05.

3. Results

3.1. Specific High Expression of Sema3A in Young BMSCs
Correlates with the Potent Osteogenic Capacity. Consistent
with previous findings that BMSCs have stronger osteogenic
capacity than ASCs, Alizarin Red staining confirmed that
the BMSCs were more likely differentiated into osteoblasts
(Figures 1(a) and 1(b)). To reveal the molecular determi-
nants for the phenotype differences, we mainly focus on
the semaphorin family, which has been reported to play
important roles in cell fate commitment [31, 32].We screened
the expression of semaphorin family members (semaphorins
3A, 3B, 3C, 3D, 3E, 3F, 4A, 4B, 4C, 4D, 4F, 4G, 5A, 5B,
6A, 6B, 6C, 6D, and 7A) in ASCs and BMSCs and found
strikingly higher expression of Sema3A and Sema3D in
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Figure 2: Continued.
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Figure 2: Sema3A promotes osteogenic differentiationwhile inhibiting adipogenic differentiation inASCs. (a) ASCswere infectedwith either
empty pWPI or Sema3A overexpression lentivirus, respectively. ASC-Sema3A showed higher ALP activity than ASC-control after 7-day osteogenic
induction. (b) Quantification data of ALP activity. (c) Significantly more mineralization nodules were found in ASC-Sema3A group than that in
ASC-control group after 21 days of osteogenic induction. (d) Quantification data of ECMmineralization in Figure 2(c). (e) Sema3A significantly
reduced lipid droplet formation in ASCs after 9 days of adipogenic induction. (f) Quantification data of lipid droplets in Figure 2(e). (g, h,
and i) Expression of the osteogenesis related genes including ALP, RUNX2, and COL-1 after 5 and 10 days of osteogenic induction. (j, k, and
l) Expression of the adipogenesis related genes including FABP4, PPARG, and C/EBPA after 3 and 5 days of adipogenic induction. Mean ±
SD, 𝑛 = 3, and ∗𝑝 < 0.05.
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Figure 3: The fabrication of PLGA scaffolds engrafted with ASCs. (a) Schematic diagram of experiment procedure. (b) The morphology of
PLGA scaffold-ASCs implants: (A) gross observation, (B) the lateral view of the scaffold without cells observed by SEM, (C) the surface view
of the scaffold-ASCs implants under SEM, and (D) magnification to the inset in Figure 3(b)(C) and the cells were indicated by white arrow.
(c) The critical size bone defect before (A) and after the transplantation of scaffold- ASCs implants (B).

BMSCs (Figures 1(c) and 1(d), Supplementary Figures 1A-
B). Sema3A decreased with aging, while Sema3D did not
change significantly in the aging process (Figures 1(c) and
1(d), Supplementary Figures 1A-B). In addition, the absolute
abundance of Sema3D in BMSCs was much smaller than
Sema3A in BMSCs (data not shown). Taken together, we
proposed that Sema3A might be an important molecular
determinant for the osteogenic differences betweenASCs and
BMSCs.

3.2. Overexpression of Sema3A Shifts the Cells towards
Osteogenic Phenotype. In view of the above-mentioned data,
we next explored the possible role of Sema3A in osteo-
genesis and adipogenesis. Control and Sema3A expressing
lentivirus were packaged using the pWPI lentivirus system.
ASCs were infected with the lentivirus at MOI = 100, and
the infection efficiency was confirmed by the simultaneous
expression of EGFP as detected by flow cytometry (Supple-
mentary Figure 2A). Q-PCR and western blot analysis fur-
ther confirmed the overexpression efficiency (Supplementary
Figures 2B-C).

With the increase of Sema3A in ASCs, both ALP activ-
ity and deposition of calcified extracellular matrix were
increased, as detected by ALP assay andAlizarin Red staining
results (Figures 2(a)-2(d)). In contrast, Oil Red O staining
revealed that Sema3A overexpression reduced the adipoge-
nesis of ASCs (Figures 2(e) and 2(f)). The Sema3A induced
osteogenesis shift was further confirmed by qPCR analysis of
the osteogenic and adipogenic marker genes.

As expected, osteogenic markers, including ALP, Runx2,
and Col1a1, were significantly higher in Sema3A overexpress-
ing ASCs, after both 5-day and 10-day osteogenic inductions
(Figures 2(g)–2(i)). In contrast, the adipogenic marker genes,
including FABP4, PPARG, and C/EBPA, were significantly
suppressed by Sema3A expression after both 3-day and 5-day
adipogenic inductions (Figures 2(j)–2(l)). Consistent with
the osteogenesis promoting role of Sema3A, knockdown of
Sema3A in BMSCs by siRNA significantly decreased the
osteogenic capacity of BMSCs, as revealed by theAlizarinRed
staining (Supplementary Figures 3A–C).

3.3. PLGA Scaffold Encapsulated with Sema3AModified ASCs
Promotes Bone Regeneration In Vivo. We next explored
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Figure 4: Sema3A infected ASCs decrease the immune cell infiltration while increasing fibroblast-like cells migrated to the implants. (a)The
scaffolds were harvested 5 days after transplantation and immune-stained with collagen. (A) No GFP+ fibroblast-like cells were found in the
empty implants and multiple inflammatory cells were shown, (B) a small fraction of fibroblast-like cells were found in implants seeded with
ASC-control, and (C)Multiple fibroblast-like cells were foundmigrated andmigrating towards the scaffold in implants seeded with ASC-Sema3A.
(b) Quantification data of survival GFP+ ASCs in the scaffold. (c) Quantification data of migrated fibroblast-like cells. Mean ± SD, 𝑛 = 3, and
∗𝑝 < 0.05.

whether Sema3A modified ASCs could promote bone regen-
eration in vivo in the calvarial bone defect model, with
the detailed procedure summarized in Figure 3(a). PLGA
scaffold was fabricated in a round mold, with the diameter of
5mm and thickness of 1mm, and the porous structure of the
scaffoldwas achieved by soaking the sodiumparticles into the
PLGA solution. SEM analysis confirmed the porous structure
(Figure 3(b)). After culture of the ASCs on the scaffold for
about 24 hours, abundant ASCs attached and spread out onto
the porous surface of the scaffold, as observed under SEM
(Figure 3(b)). Then, the scaffolds were transplanted into the
bone defect region, which fitted well with the critical size
bone defect (Figure 3(c)).

Five days after transplantation, the scaffolds were har-
vested for analyzing the cell survival and infiltration. As seen
in the histology and collagen staining of the scaffold sections,
there were abundant immune cells infiltrated in the PLGA
scaffolds without ASCs. In contrast, there are few immune
cells infiltrated in the PLGA scaffolds encapsulated with con-
trol or Sema3A modified ASCs (Figure 4(a)). Additionally,
Sema3Amodified ASCs recruited abundant collagen positive
cells towards the scaffold (Figures 4(a) and 4(c)). Notably,
Sema3A did not alter the survival of encapsulated ASCs in

the scaffold, as no significant differences in the number of
fluorescent positive cells were observed between the implants
loaded with ASCs-Sema3A or ASCs-control (Figure 4(b)).

Furthermore, we analyzed the bone repair efficacy in vivo
at both 4 weeks and 12 weeks after transplantation by his-
tology and microCT. MicroCT reconstruction images indi-
cated that the PLGA scaffolds encapsulated with ASCs-Sema3A

induced the largest new bone formation at both 4 weeks and
12 weeks, with minimal defects left at 12 weeks after trans-
plantation (Figure 5(a)). Different from the Sema3A group,
PLGA only and PLGA with control ASCs only had marginal
bone repair promoting effects (Figure 5(a)). Quantitative
analysis further revealed that PLGA scaffolds encapsulated
withASCs-Sema3A increased the bone volume fraction butmay
not by changing trabecular thickness (Figures 5(b) and 5(c)).

Consistent with the microCT findings, histology anal-
ysis revealed that PLGA scaffold degraded significantly at
4 weeks after transplantation, and meanwhile new bone
formation began (Figure 6). Although no significant differ-
ences were found in the matrix deposited at 4 weeks after
transplantation, there was a trend that there were more cell
components and matrix in the PLGA scaffolds encapsulated
with ASCs-Sema3A. Twelve weeks after transplantation, the



Stem Cells International 9

Control
6 

w
ee

ks
12

 w
ee

ks
PLGA-empty PLGA-control PLGA-Sema3A

(a)

0

10

20

30

40

50

Control

BV
/T

V
 (%

)

∗

PLGA-empty
PLGA-control

PLGA-Sema3A

(b)

0

100

200

300

400

Control
PLGA-empty

PLGA-control

PLGA-Sema3A

Tr
ab

ec
ul

ar
 th

ic
kn

es
s (

𝜇
m

)

(c)

Figure 5: ASC-Sema3A engrafted PLGA scaffold increases bone repair in the calvarial defect model. (a) Representative images showing bone
defect healing after 4 or 16 weeks of treatments. Control indicates that defects received nothing; PLGA-empty, PLGA-control, and PLGA-Sema3A

indicate that defects implanted with ASC, ASC-control, and ASC-Sema3A, respectively. BV/TV (b) and trabecular thickness (c) of the regenerated
bone 16 weeks after transplantation. Mean ± SD, 𝑛 = 5, and ∗𝑝 < 0.05. BV, bone volume; TV, total volume.

ASCs-Sema3A scaffold group showed themost abundant regen-
erated bone, which almost filled up the cranium defect. In
contrast, the newly formed bones were much less in other
groups, although ASCs-control scaffold group also had robust
bone repair when compared with the control and PLGA only
group (Figure 6).

3.4. Sema3A Reprograms the ASCs towards BMSCs at Least
Partially via Wnt Activation. From the above PLGA scaffold
mediated bone regeneration data, we could see that Sema3A
promotes bone regeneration in vivo via shiftingASCs towards
BMSCs. Besides cell fate shift, Sema3A seems inducing cell
recruitment while not changing the ASCs numbers in vivo.
To further explore the underlying mechanisms, we then
tested the effects of Sema3A on proliferation and migration.

Consistent with in vivo data, no significant difference on
proliferation was observed upon Sema3A overexpression
(Figure 7(a)). Furthermore, the conditioned medium from
Sema3A infected ASCs induced a significant increase of
mesenchymal stem cell migration (Figures 7(b) and 7(c)).
Taken together, we could draw the conclusions that Sema3A
promotes bone regeneration in vivo via simultaneously shift-
ing ASCs towards BMSCs and inducing robust mesenchymal
stem cell recruitment.

Previously, Wnt pathway was found to be essential in tip-
ping the balance towards osteogenesis in mesenchymal stem
cells [33]. We thus tested whether Wnt pathway was involved
in the function of Sema3A. Topflash/Fopflash plasmids, a
reporter system for Wnt activity, were included. As shown
from the TOP/FOP ratio, Sema3A significantly increased
the Wnt activity (Figure 7(d)). Consistent with the reporter
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Figure 6: ASC-Sema3A engrafted PLGA scaffold increases bone repair in the calvarial defect model. Bone regeneration of calvarial defects
evaluated by HE staining. Control indicates that defects received nothing; PLGA-empty, PLGA-control, and PLGA-Sema3A indicate that defects
implanted with ASC, ASC-control, and ASC-Sema3A, respectively. Data presented are representative HE staining images from 5 different
experiments. Black arrows point to the defect margins, and the lower panels are the magnifications of the insets in each group.

assay, nuclei 𝛽-catenin staining was significantly increased in
the Sema3A infected ASCs (Figure 7(e)). In addition, a few
upstream and downstream Wnt pathway genes, like Wnt3a,
Wnt10a, and Axin2, were found to be increased in Sema3A
infected cells (Figures 7(f)–7(h)). All of these data sets suggest
that Sema3A activates Wnt pathway through coordinately
regulating multiple Wnt pathway genes.

4. Discussion

Our study here for the first time indicates that the implants
combining the Sema3A modified ASCs with osteoinductive
PLGA scaffolds successfully promote bone defect repair in a
critical size cranium defect model, as revealed by bothmicro-
CT and histological evidence. Mechanistically, Sema3A acts
as a potent osteogenesis inducer via reprogramming ASCs
towards osteogenesis in a Wnt dependent manner.

Bone defect repair capacity is affected by various factors
including the age, metabolic status of the subjects, and the
site, size, and shape of the injury [34–36]. Critical size bone

defect could not be repaired without medical intervention.
Current therapeutic approaches include autogenous or allo-
geneic bone graft and bone substitutes [2, 3]. In the bone sub-
stitutes field, tissue engineering bone has become the focus,
and PLGA is an excellent osteoinductive scaffold candidate
with porous structure, excellent compatibility property, and
someplasticity. Accordingly, our in vivo and vitro studies here
further confirmed the applicability of PLGA scaffold in bone
repair and regeneration.

Besides the scaffold, the seeding cell is another essential
component of the tissue engineered bone substitute. The
origin and identity of the seeded cells directly influence
the output of tissue engineered bone [37]. Seed cell usually
refers to stem cells in tissue engineering, which contains
various types, among which BMSCs and ASCs are the
common ones2. Both BMSCs and ASCs are thought mainly
of pericyte origin [38, 39] and consist of an heterogeneous cell
populations without specific cell markers [40–42]. These two
cell types also display distinct biological features. Previous
researches have shown that the differentiation tendency of
mesenchymal stem cell is related to its tissue origin, with
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Figure 7: Sema3A significantly activatesWnt/𝛽-catenin pathway inASCs. (a) Conditionedmedium from the Sema3A infected cells increased
the migrated cells number. (b) Quantitative analysis of migrated cells in Figure 7(a). (c) No significant differences were found in the
proliferation rate between ASC-control and ASC-Sema3A. (d) Immunofluorescence staining of 𝛽-catenin in control and Sema3A overexpressed
ASCs, and Sema3A induced nuclear translocation of 𝛽-catenin. (e) Sema3A overexpression significantly increased the Topflash/Fopflash
ratio, indicating activation of Wnt pathway. (f, g, and h) The mRNA expression analysis of the Wnt pathway related genes and downstream
transcriptional targets of 𝛽-catenin in control and Sema3A overexpressed ASCs. Mean ± SD, 𝑛 = 3, and ∗𝑝 < 0.05. CM, conditionedmedium.
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BMSCs tending to differentiate into osteoblasts, while ASCs
are sensitive to adipogenic differentiation [11, 13]. BMSCs
work efficiently in bone repair as observed in animal experi-
ments and clinical studies [43]; however, the limited resources
restrict its clinical application. Different from BMSCs, ASCs
are readily available and closely related to BMSCs. Iden-
tification of the molecules responsible for the differences
would certainly shed light on fine-tuning the cell identity
towards the destination beneficial for bone regeneration. We
here screened the semaphorin family members in BMSCs
and ASCs. Among the semaphorins 3A, 3B, 3C, 3D, 3E,
3F, 4A, 4B, 4C, 4D, 4F, 4G, 5A, 5B, 6A, 6B, 6C, 6D, and
7A, Sema3A was identified as the key differential expression
molecule. Consistent with previous concept that Sema3A
promotes osteogenesis [24], we also found that restoration of
Sema3A in ASCs promotes ASC osteogenic differentiation.
Moreover, we found that expression of Sema3A in ASCs from
12-month old rats was further decreased, when compared
with that in ASCs from 4-week old rats. All of these data
sets confirm that Sema3A acts as a key determining factor for
the different osteogenic capacity between BMSCs and ASCs.
Accordingly, we transfected ASCs with Sema3A and explored
its capacity in bone defect repair. In vitro analysis revealed
that ASCs-Sema3A increased the osteogenesis, migration, con-
comitant with decreased adipogenic potential. ASCs-Sema3A

grafted PLGA scaffold exhibits distinctly enhanced bone
matrix secretion in the cranial bone defect model. These
functional changes initiated by Sema3A transfection indicate
that Sema3A could induce a BMSCs phenotype in ASCs.

To further clarify the detailed molecular mechanism of
how Sema3A reprograms ASCs to BMSCs like phenotype,
we here focused on the role of Wnt/𝛽-catenin signaling
pathway which is closely relevant to both osteogenic differ-
entiation and adipogenic differentiation [33, 44]. Our data
revealed that Wnt/𝛽-catenin activation was at least partially
involved in the function of Sema3A. The findings here are
consistent with the accumulating evidence revealing that
Wnt is essential for promoting osteogenesis and inhibiting
adipogenesis [33, 44]. However, we cannot exclude other
possible signal molecules involved. In fact, Sema3A itself
is an endocrine factor and could function as a chemotaxis
inducer in different systems [44]. It is thus reasonable to
hypothesize that increasing cell recruitment of endogenous
MSCs might be another function of Sema3A modified ASCs
in our system. Systemic analysis of the gene expression of
ASCs, Sema3A modified ASCs, and BMSCs would further
solidify our conclusion. In addition, encapsulation of Sema3A
factor in the PLGA scaffold in cranial bone defect model
would further pave the way for Sema3A application in bone
repair.

5. Conclusion

Our study here has identified that high expression of Sema3A
in BMSCs is essential for its potent osteogenic capacity,
which functions as a determinant of the BMSC phenotype.
Transferring Sema3A into ASCs at least partially reprograms
the cells towards BMSCs and thus increases the osteogenic

capacity via Wnt activation and possibly other mechanisms.
Encapsulation of Sema3A modified ASCs in the PLGA
scaffold significantly increased the bone defect repairing
efficacy, which provides a promising strategy to overcome the
limit resource of BMSCs in bone regeneration and repair.
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Human bone marrow-derived stromal stem cells (hBMSC) exhibit multiple functions, including differentiation into skeletal cells
(progenitor function), hematopoiesis support, and immune regulation (nonprogenitor function).We have previously demonstrated
the presence of morphological and functional heterogeneity of hBMSC cultures. In the present study, we characterized in detail
two hTERT-BMSC clonal cell populations termed here CL1 and CL2 that represent an opposing phenotype with respect to
morphology, markers expression: alkaline phosphatase (ALP) and CD146, and ex vivo differentiation potential. CL1 differentiated
readily to osteoblasts, adipocytes, and chondrocytes as shown by expression of lineage specific genes and proteins. Whole genome
transcriptome profiling of CL1 versus CL2 revealed enrichment in CL1 of bone-, mineralization-, and skeletal muscle-related
genes, for example, ALP, POSTN, IGFBP5 BMP4, and CXCL12. On the other hand, CL2 transcriptome was enriched in immune
modulatory genes, for example,CD14, CD99,NOTCH3, CXCL6, CFB, andCFI. Furthermore, gene expressionmicroarray analysis of
osteoblast differentiated CL1 versus CL2 showed significant upregulation in CL1 of bone development and osteoblast differentiation
genes which included several homeobox genes: TBX15, HOXA2 andHOXA10, and IGF1, FGFR3, BMP6, MCAM, ITGA10, IGFBP5,
and ALP. siRNA-based downregulation of the ALP gene in CL1 impaired osteoblastic and adipocytic differentiation. Our studies
demonstrate the existence of molecular and functional heterogeneity in cultured hBMSC. ALP can be employed to identify
osteoblastic and adipocytic progenitor cells in the heterogeneous hBMSC cultures.

1. Introduction

Human bonemarrow stromal (also known as skeletal ormes-
enchymal) stem cells (hBMSC) are increasingly employed
in clinical trials for enhancing tissue regeneration following
injury [1]. Typically, hBMSC are isolated by their ability
to adhere to the plastic surfaces of in vitro culture plates.
However, the cultured hBMSC exhibit morphological hetero-
geneity suggesting the presence of functional heterogeneity
[2, 3]. It has also been suggested that the use of heterogeneous

cell populations in clinical trials of hBMSC-based therapies
caused variability in the observed treatment effects [4]. Thus,
for the efficient use of hBMSC in therapy, better cellular and
molecular characterization of hBMSC is required [1, 4].

There exist no specific markers that define the hBMSC
phenotype. The plastic-adherent hBMSC are defined by the
presence of surface expression of some CD surface markers
with variable sensitivity and specificity [1]. Single cell clonal
analysis revealed that only 25% of the cells are true stem
cells based on their ability to differentiate into osteoblasts,
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adipocytes, and chondrocytes (trilineage differentiation) and
to form heterotopic bone and bone marrow organ when
implanted in vivo subcutaneously in immune deficient mice
[5]. The identity of the remaining cells is not clarified, but
they may represent lineage-committed cells [3]. Therefore, it
is plausible that functional heterogeneity exists in cultured
hBMSC, reflecting the in vivo functional and developmental
heterogeneity of hBMSC [6].

In addition to their ability to differentiate into skeletal
tissue cells (known as progenitor function), hBMSC possess
immunomodulatory characteristics (known as nonprogen-
itor functions) [7]. It is not clear whether these different
functions are mediated by a number of independent sub-
populations within the hBMSC [2]. Only a few studies have
tried to identify the subpopulation within cultured hBMSC
based on surface markers, for example, STRO1 and alkaline
phosphatase (ALP), but limited molecular phenotyping has
been conducted [8].

We have previously demonstrated the presence of mor-
phological and functional heterogeneity of clones isolated
from telomerized hMSC (hMSC-TERT) cell line [3].The aim
of the present study was therefore to further study in detail
the heterogeneity of cultured hBMSC as demonstrated by
two clonal cell lines with opposite cellular and functional
phenotype.We also employed theDNAmicroarrays to define
their molecular signature and signaling pathways associated
with their functional phenotype.

2. Experimental Procedures
2.1. Cell Culture. As a model for hBMSC, we employed
immortalized hBMSC-TERT cell line that is created from
normal human BMSC by overexpression of human telom-
erase reverse transcriptase gene (hTERT) [9]. The hBMSC-
TERT cells have been extensively characterized, and they
exhibit similar cellular and molecular phenotype to primary
MSC [10]. CL1 and CL2 cells are clonal cell populations
of hBMSC-TERT identified in long term culture (passage
numbers 15–25) of hBMSC-TERT and were chosen based on
their distinct and different morphologies. Cells were cultured
in Dulbecco’s Modified Eagle Medium (DMEM) supple-
mented with D-glucose 4500mg/L, 4mM L-glutamine and
110mg/L sodium pyruvate, 10% Fetal Bovine Serum (FBS), 1x
penicillin-streptomycin (Pen-strep), and nonessential amino
acids (all purchased from Gibco-Invitrogen, USA). For some
control experiments, primary bone marrow derived MSC
(phBMSC) were employed. Sixty milliliters of bone marrow
was aspirated from the iliac crest bone of consenting healthy
donors. This procedure was approved by the King Khalid
University Hospital-King Saud University ethics committee.
phBMSCwere isolated from bonemarrowmononuclear cells
by plastic adherence as described previously [9].

2.2. Cell Proliferation. Cell proliferation rate was determined
by counting cell number and calculating population doubling
(PD) rate. The cells were cultured in 25 cm2 tissue culture
Petri dish at cell density 0.5 × 106 cells (28000 cells/cm2). At
confluence, the cells were trypsinized and counted manually
by hemocytometer. At each passage, population doubling was
determined by the following formula: log𝑁/ log 2, where 𝑁

is the number of cells at confluence divided by the initial
cell number. Cumulative PD level is the sum of population
doublings, and PD rate is PD/time in culture.

2.3. Flow Cytometry. Cells were trypsinized to a single
cell suspension, were recovered by centrifugation at 200 g
for 5min, washed twice in ice-cold PBS supplemented
with 2% BSA, and resuspended at a concentration of
105 cells/antibody. After incubation with the preconjugated
antibodies, or matched isotype controls, for 30min on ice
in the dark, cells were washed with PBS, resuspended in
500𝜇L of PBS, and analyzed in the BD FACSCalibur flow
cytometer (BD Biosciences). Living cells were gated in a
dot plot of forward versus side scatter signals acquired on
a linear scale. At least 10,000 gated events were acquired
on a log fluorescence scale. Positive staining was distinct as
the emission of a fluorescence signal that surpassed levels
achieved by >99% of control cell population stained with
corresponding isotype antibodies. The ratios of fluorescence
signals versus scatter signals were calculated, and histograms
were generated using the software Cell Quest Pro Software
Version 3.3 (BD Biosciences). The following antibodies were
used all from BD Biosciences: FITC-PE-APC-Mouse IgG1k
isotype control, APC-Mouse Anti-Human CD44 (#559942),
FITC-Mouse Anti-HumanCD63 (#557305), PE-Mouse Anti-
Human CD73 (#550257), PE-Mouse Anti-Human CD105
(#560839), PE-Mouse Anti-Human CD146 (#550315), PE-
Mouse Anti-HumanCD166 (#560903), and Alexa Fluor� 488
Mouse Anti-Human Alkaline Phosphatase (#561495).

2.4. Electron Microscopy. After trypsinizing the hBMSC cells
from the flasks or 6-well plates were collected, the samples
were washed with PBS, and the pellets were resuspended
directly in 2.5% glutaraldehyde in 0.1M phosphate buffer (pH
7.2), and kept at 4∘C for 4 hr. First, the cells were washed with
0.1Mphosphate buffer (pH7.2) and transferred to 1%osmium
tetroxide (OsO4) solution in 0.1M phosphate buffer (pH 7.2)
for two hr. The cells were dehydrated in ascending grades of
ethanol.The cells were then resuspended in acetone and were
aliquoted into BEEM embedding capsules and infiltrated
with acetone: resin mixture followed by embedding in a
pure resin mixture for two hr. Semithin sections (0.5 𝜇m
thickness) and ultrathin sections (70 nm thickness) were
prepared, examined, and photographed under a transmission
electron microscope (TEM) (Jeol 1010, Jeol, Tokyo, Japan).

2.5. In Vitro Osteoblast Differentiation. Cells were grown
in standard DMEM growth medium in 6-well plates at
20,000 cell/cm2. When 70–80% confluence was achieved, test
cells were cultured inDMEM supplementedwith osteoblastic
induction mixture (referred to as OS) containing 10% FBS,
1% Pen-strep, 50𝜇g/mL L-ascorbic acid (Wako Chemicals,
Neuss, Germany), 10mM 𝛽-glycerophosphate (Sigma) and
10 nM calcitriol (1𝛼,25-dihydroxyvitamin D3; Sigma), and
10 nM dexamethasone (Sigma); noninduced cells (referred
to as Cont) were cultured in normal growth media for the
same duration as induced. The media were replaced three
times per week. Cells cultured in standard culture medium
were considered as control. At day 14 of differentiation,
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mineralized nodules became apparent and were stained with
Alizarin Red S and ALP.

2.6. In Vitro Adipocyte Differentiation. Cells were grown in
standard DMEM growth medium in 6-well plates at 0.3
× 106 cells/mL. At 90–100% confluence, cells were cultured
in DMEM supplemented with adipogenic (Adip) induction
mixture containing 10% FBS, 10% Horse Serum (Sigma),
1% Pen-strep, 100 nM dexamethasone, 0.45mM isobutyl
methylxanthine (Sigma), 3𝜇g/mL insulin (Sigma), and 1 𝜇M
Rosiglitazone (Novo Nordisk, Bagsvaerd, Denmark). The
media were replaced three times per week. Cells cultured in
standard culture medium were considered as control. From
day 3 of differentiation, small lipid droplets became visible
and at day 7 they were stained with Oil Red-O and Nile red.

2.7. In Vitro Chondrogenic Differentiation. Both CL1 and CL2
cells were trypsinized and counted, around 1 × 106 cells
taken in each 15mL conical tube centrifuged at 400×g for
5 minutes. For chondrocyte differentiation pellet culture
system used, chondrocyte induction was done in media
containing advanced DMEM/F12 supplemented with 1% ITS
Premix Tissue Culture Supplement, 100 nM dexamethasone,
Glutamax, and 10 ng/mL transforming growth factor-beta-3
(TGF𝛽-3). Cells were maintained in chondrocyte differentia-
tion media for 21 days and changed every two days.

2.8. Cytochemical Staining
2.8.1. Alkaline Phosphatase (ALP) Staining. CL1 and CL2 cells
were stained before OS differentiation for the basal ALP
expression and after OB differentiation at day 7 of induction.
Cells cultured in 6-well plates were washed in PBS −/−
(-Ca, -Mg) andfixed in acetone/citrate buffer 10mMat pH4.2
for 5min at room temperature. The Naphthol/Fast Red stain
[0.2mg/mL Naphthol AS-TR phosphate substrate (Sigma)]
[0.417mg/mL of Fast Red (Sigma)] was added for one hour
at room temperature.

Histological tissue blocks were sectioned at 4 microns.
Immunohistochemical staining was performed on CL1 and
CL2 chondrocyte 3D pellets using DAKO EnVision and
PowerVision according to the manufacturer’s instructions
(DAKO, Glostrup, Denmark). Briefly, paraffin sections were
incubated for 1 hour at room temperature with primary
antibodies diluted in ChemMate (DAKO) (HumanAnti-Col-
10 and Human Anti-Col-2 ABI). Sections were washed sub-
sequently in Tris-buffered saline (TBS, 0.05M, pH 7.4), incu-
bated for 30 minutes with secondary anti-mouse Ig/HRP-
conjugated polymers (K4001, En Visionþ, DAKO), and visu-
alizedwith 3,30-diaminobenzidine tetrahydrochloride (DAB,
S3000, DAKO) or with 3-amino-9-ethylcarbazole (AEC,
DAKO) according to manufacturer’s instruction. Controls
were performed with nonimmune immunoglobulins of the
same isotype as the primary antibodies (negative controls)
and processed under identical conditions. Alcian blue stain-
ing was used to detect chondrocytes. Sections of paraffin-
embedded implants were stained with Alcian blue (Sigma)
solution, pH 2.5; at this pH all the glycoproteins (neutral and
acidic) will be stained blue.

2.9. Alizarin Red S Staining for Mineralized Matrix. Seven-
day-old OS differentiated cells in 6-well plates were used for
Alizarin Red S staining. The cell layer was washed with PBS
and then fixed with 70% ice-cold ethanol for 1 hr at −20∘C.
After removing the ethanol, the cell layer was rinsed with
distilled water and stained with 40 nM AR-S (Sigma) pH 4.2
for 10 minutes at room temperature. Excess dye was washed
off with water followed by a wash with PBS for few minutes
to minimize nonspecific AR-S stain.

For quantifying the Alizarin Red S staining, the air-dried
plates, the Alizarin Red S dye was eluted in 800 𝜇L of acetic
acid incubated in each well for 30 minutes at room temper-
ature as described [11] and measured in spectrophotometer
(BioTek, Epoch) at 405 nm.

2.10. Quantitative ALP Activity. To quantify ALP activity in
CL1 and CL2 hBMSC before and after OS differentiation,
we used the BioVision ALP activity colorimetric assay kit
(BioVision, Inc, CA, USA) with some modifications. Cells
were cultured in 96-well plates under normal conditions;
then on day of analysis, wells were rinsed once with PBS
and were fixed using 3.7% formaldehyde in 90% ethanol for
30 seconds at room temperature. Subsequently, fixative was
removed, and 50𝜇L of pNPP solution was added to each well
and incubated for 1 hour in the dark at room temperature.
The reaction was subsequently stopped by adding 20 𝜇L stop
solution and gently shaking the plate. ODwas thenmeasured
at 405 nm.

2.11. Oil Red-O Staining for Lipid Droplets. CL1 and CL2 cells
differentiated to adipocytes with Adip induction media at
day 7 were used. Accumulated cytoplasmic lipid droplets
were visualized by staining with Oil Red-O. After washing
cells grown in 6-well plates with PBS, the cells were fixed
in 4% formaldehyde for 10min at room temperature and
then rinsed once with 3% isopropanol and stained for 1 hr at
room temperature with filtered Oil Red-O staining solution
(prepared by dissolving 0.5 g Oil Red-O powder in 60%
isopropanol). To quantify staining of fat droplets, Oil Red-
O was used as a stain. Oil Red-O was eluted by adding 100%
isopropanol to each well, and color changes were measured
by spectrophotometer at 510 nm (BioTek Spectrophotometer,
Epoch).

2.12. Nile Red Fluorescence Determination and Quantification
of Adipogenesis. A stock solution of Nile red (1mg/mL) in
DMSO was prepared and stored at −20∘C protected from
light. Staining was performed on unfixed cells. Cultured
undifferentiated and day 7 adipocyte differentiated cells were
grown in Corning polystyrene; flat bottom 96-well TC-
treated black microplates (Corning, NY, USA) were washed
once with PBS. The dye was then added directly to the cells
(5 𝜇g/mL in PBS), and the preparation was incubated for
10min at room temperature and then washed twice with PBS.
Fluorescent signal was measured using SpectraMax/M5 fluo-
rescence spectrophotometer plate reader (Molecular Devices
Co, Sunnyvale, CA, USA) using bottom well-scan mode
where nine readings were taken per well using Ex (485 nm)
and Em (572 nm) spectra.
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2.13. Quantitative Real-Time PCR (qRT-PCR) Analysis. Total
RNA was extracted using MagNA pure compact RNA iso-
lation kit (Roche Applied Science, Germany, Cat number
04802993001) in an automatedMagNA pure compact system
(Roche, Germany) as recommended by the manufacturer.
The total RNAwas quantified by Nanodrop spectrophotome-
ter (Nanodrop 2000, Thermo Scientific, USA). Complemen-
tary DNA (cDNA) was synthesized from 1 𝜇g of the RNA
samples usingHighCapacity cDNAReverse Transcription kit
(Applied Biosystems, USA) using Labnet, Multigene thermo-
cycler according to the manufacturer’s instructions. Relative
levels of mRNA were determined from cDNA by real-time
PCR (Applied Biosystems-Real-Time PCRDetection System)
with Power SYBR Green PCR kit (Applied Biosystems,
UK) according to the manufacturer’s instructions. Following
normalization to the reference gene GAPDH, quantification
of gene expression was carried out using a comparative Ct
method, where ΔCt is the difference between the CT values
of the target and the reference gene, and fold induction was
performed from the control (Cont) for the same time point.
Primers (Supplementary Table 1 in Supplementary Material
available online at http://dx.doi.org/10.1155/2016/9378081)
were obtained from Applied Biosystems (USA) as TAQMAN
primers, or previously published primers were used (see
Supplementary Table 1).

2.14. DNAMicroarray Global Gene Expression Analysis. Four
hundred ng of total RNA was used as input for gener-
ating biotin-labeled cRNA (Ambion, Austin, TX, United
States). cRNA samples were then hybridized onto Illumina�
human-8 BeadChips version 3. Hybridization, washing, Cy3-
streptavidin staining, and scanning were performed on the
Illumina BeadStation 500 platform (Illumina, San Diego,
CA, USA), according to the manufacturer’s instructions, and
everything was done in triplicate. Expression data analysis
was carried out using the Partek� genomic suite software.
Raw data were background-subtracted, normalized using
the “rank invariant” algorithm, and filtered for significant
expression on the basis of negative control beads. Genes
were considered significantly expressed with detection 𝑝
values ≤ 0.01. Differential expression analysis was performed
with the Illumina custom method using freshly isolated
primary hBMSC (used at passage 3) as a reference control.
The following parameters were set to identify statistical
significance: differential 𝑝 values ≤ 0.01; fold change ratio
> 1.5. Pathway analysis was performed using DAVID Bioin-
formatics Resources 6.7 (http://david.abcc.ncifcrf.gov/) and
GeneSpring GX software (Agilent Technologies). Pathway
analysis for CL1 OS D14 versus CL2 OS D14 was conducted
using the Single Experiment Pathway analysis feature in
GeneSpring 12.0 (Agilent Technologies).

2.15. Small Interfering (si)RNATransfection. For transfection,
hBMSC in logarithmic growth phase were transfected with
Silencer Select Predesigned ALP siRNA (25 nM) (Assay ID;
s1298 and Cat number 4390824) (Ambion, The RNA Com-
pany, USA) using Lipofectamine RNAiMAX Reagent (Invit-
rogen, CA, USA) plus serum-free Opti-MEM�I medium
under the conditions described by the manufacturer. At

day 3 of transfection, the cells were induced for osteogenic
differentiation for an additional 7 days. ALP staining was
used as a control for the siRNA transfection efficiency and
timeline.

2.16. Statistical Analysis. All of the results were presented
as the mean and standard deviation (SD) of at least 3
independent experiments, with 3–5 technical repeats in each
experiment. Student’s 𝑡-test (two-tailed) was used for testing
differences between groups. 𝑝 value <0.05 was considered
statistically significant.

3. Results

3.1. Comparison between CL1 and CL2: Differences in Mor-
phology, Proliferation, and Marker Expression Profile. We
isolated two distinct clonal cell populations of hBMSC-TERT:
hBMSC-CL1 and hBMSC-CL2 (for easiness will be termed
hereafter CL1 and CL2) based on differences in cell morphol-
ogy (Figure 1(a)). CL1 cells had cuboidalmorphologywhereas
CL2 cells have spindle-shaped fibroblast-like morphology.
CL1 cells had higher proliferation rate compared to CL2
(Figure 1(b)): mean PD rates of CL1 and CL2 were 0.714 and
0.429 PD/day, respectively (Figure 1(b)). Both CL1 and CL2
expressed surface marker profiles characteristics of hBMSC
(>90%): CD44+, CD63+, CD73+, CD105+, and CD166+
(Figure 1(c)). However CL1 cells showed higher expression
of CD146 (92.7% versus 12%) and ALP (98% versus 0%)
compared to CL2 (Figure 1(d)). TEM revealed the presence
of abundant pseudopodia in CL1 indicating high motility
(Figure 1(e)(A)) as well as well-developed mitochondria
and rough endoplasmic reticulum (rER) suggesting high
metabolic activity. CL2 cells contained abundant phagocytic
vacuole (pv),microvilli (mi), and lysosomes (ly) (Figure 1(e)).

We performed quantitative real-time PCR (RT-PCR)
for genes expressed in mesodermal progenitor cells [12].
CL1 expressed higher levels of BMP4, MIXL1, WNT3a, and
TWIST compared to CL2 (Figure 1(f), 𝑝 < 0.01). In contrast,
CL2 expressed higher levels of Kinase Insert Domain Recep-
tor (Type III Receptor Tyrosine Kinase) (KDR) expressed in
endothelial cells and smoothmusclemyosin heavy chain gene
(smMHC) expressed in smooth muscle cells (Figure 1(f)).

3.2. CL1 Cells Exhibit Enhanced Osteoblast Differentiation.
Following osteoblast (OB) differentiation induction, ALP
staining andALP enzymatic activity were significantly higher
in CL1 compared to CL2 cells (Figure 2(a), 𝑝 < 0.01).
Similarly, Alizarin Red staining and quantitation of formed
mineralized matrix were more pronounced in CL1 cells (Fig-
ure 2(b), 𝑝 < 0.01). In addition, CL1 cells expressed higher
levels of osteoblastic genes, ALP, RUNX2, and osteopontin
(OPN) (Figure 2(c) upper panel) compared to CL2 cells.

Global gene expression microarray analysis of OB dif-
ferentiated cells at day 14 showed around 1060 genes signif-
icantly upregulated more than 2-fold (𝑝 < 0.01) in CL1.
Among the upregulated genes, 80 genes were annotated to
bone development and osteoblast differentiation (Table 1).
The highest upregulated genes included paired-like home-
odomain 2 (PITX2), Insulin-like growth factor 1 (IGF1) and
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Figure 1: Continued.



6 Stem Cells International

(A) (B)

(e)

Fo
ld

 in
du

ct
io

n

CL1
CL2

∗

∗
∗ ∗

BMP4 MIXL1 WNT3a TWIST

∗
∗

KDR smMHC−0.1

0.1

0.3

0.5

0.7

0.9

1.1

1.3

1.5

—

0.50

1.00

1.50

2.00

2.50

3.00

CL1
CL2

(f)

Figure 1: Cellular phenotype of two clonal populations of humanbonemarrow stromal stem cells: CL1 andCL2. (a) Cellmorphology. CL1 cells
showed large cuboidal morphology while CL2 cells had spindle-shaped fibroblast-like morphology. (b) Growth curves showing population
doubling (PD) rate during long term culture. (c) Flow cytometry analysis (FACS) shows expression of CD44, CD63, CD73, CD105, andCD166
in CL1 and CL2 cells. Matched isotype control was used for gating. (d) Flow cytometry analysis presented as dot blot of CD146 and alkaline
phosphatase (ALP) cell surface proteins. (e) Transmission electron microscope (TEM). (A): CL1 (1200x); (B): CL2 (1500x). n: nucleus, nu:
nucleolus, rER: rough endoplasmic reticulum, ly: lysosomes, pv: phagocytic vacuole, and rer: reticular stalk of rER. (f) Gene expression
analysis using RT-PCR for a group of mesodermal and stromal genes. Gene expression was normalized to GAPDH and presented as fold
change. Data is shown as mean ± SD of three independent experiments. ∗𝑝 < 0.05; #𝑝 < 0.001.

collagen, type V, alpha 3 (COL5A3), osteomodulin (OMD),
and T-box 15 (TBX15) (Table 1). Furthermore, several known
osteoblast-related genes were upregulated in CL1 cells such
as bone morphogenetic protein 6 (BMP6), fibroblast growth
factor receptor 3 (FGFR3), insulin-like growth factor binding
protein 5 (IGFBP5), and vitamin D (1,25-dihydroxyvitamin
D3) receptor (VDR) (Table 1). On the other hand, 1200 genes
were upregulated in CL2 cells: 255 genes were annotated to
immunity and immune response and defense. This category
included genes from, complement system, chemokine (C-C
motif) ligands, interferon family, chemokine (C-X-C motif)
ligands, and receptor, major histocompatibility complex class
II molecules, interleukins, and tumor necrosis factor receptor
superfamily (Table 2 and Supplementary Table 3).

3.3. CL1 Cells Exhibit Enhanced Adipocyte Differentiation.
We observed significant differences between CL1 and CL2
in their response to adipocytic differentiation induction.
CL1 differentiated readily to adipocytes compared to CL2
(Figure 2(d), lower panel) evidenced by higher levels of
adipocyticmarkers gene expression, LPL (lipoprotein lipase),
and adiponectin, as well as formation of mature lipid filled
adipocytes visualized by Oil Red-O staining and quantitative
Nile red staining (Figure 2(d)).

3.4. CL1 Cells Differentiate to Chondrocytic Lineage. In
pellet cultures, CL1 cells formed 3D pellets containing
proteoglycan-secreting chondrocytes, which stained positive
with Alcian blue. Limited chondrocyte differentiation was
visible in cell pellets of CL2 cells. The differentiated chon-
drocytes in CL1 pellets expressed higher levels of collagen X
and collagen II, which was overlapping the Alcian blue stain
(Figure 2(e)).

3.5. Molecular Signature of CL1 and CL2 Cells. To define the
molecular signature and molecular differences between CL1

and CL2, we compared the basal gene expression pattern
of CL1 and CL2 cells using DNA microarrays. The PCA
analysis showed a clear separation between CL1 and CL2
(Supplementary Figure 1). Comparison between CL1 with
CL2 showed that 915 geneswere differentially expressed in the
two cell lines (>2-fold,𝑝 < 0.01): 462 genes were upregulated,
and 452 were downregulated in CL1 versus CL2. The most
relevant genes that were upregulated in CL1 are listed in
Table 3(a). Among these 35 highly expressed genes in CL1, the
following 11 genes were present in skeletal and muscular sys-
tem development and function: FOLR3, CCL3L1, SERPINB2,
POSTN, IGFBP5, CCL3, NOV, ALP, TNFRSF11B, ACTG2,
and CDH11 (Table 3(a)). Functional annotation of the upreg-
ulated genes in CL1 using the Ingenuity Pathway Analysis
(IPA) revealed enrichment in the following categories: “tissue
development,” “skeletal and muscular system development
and function,” and “organismal development” (Table 3(b)).
Furthermore, the DAVID annotation tool was employed to
assess the functional relationships of the upregulated genes
in CL1 showing enrichment in ontologies: “skeletal and
muscular system development and function” that included
bone size, osteoblast differentiation, bone mineralization,
and bone mineral density (Table 3(c)). CL1 exhibited upreg-
ulation of WNT pathway ligands: WNT5B (2-fold) and
LRP5 (2-fold) (Table 1). Also, ALP was among the highly
expressed genes together with POSTN, IGFBP5, SPP1, IL-
6, and DKK1 (Tables 3(a) and 1). These genes are known
to play an important role in osteoblast differentiation and
bone formation. For CL2, inhibitors of WNT pathway were
upregulated and included SFRP1 (11-fold), DKK2 (3.2-fold),
FGF2 (3.1-fold), and GBP2 (2.4-fold). Functional annotation
of the upregulated genes in CL2 revealed enrichment in the
following categories: “developmental process,” “multicellular
organismal process,” “biological adhesion,” and “immune
system process” (Supplementary Table 2A). In-depth analysis
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Figure 2: In vitro osteoblastic and adipocytic differentiation of two clonal populations of human bone marrow stromal stem cells: CL1 and
CL2 cells. Both cell lines were induced for osteoblast differentiation using standard protocol described in the Methods. (a) ALP staining at
day 14 in control noninduced (Cont) and osteoblast induced cells (D14). Right panel shows ALP activity (𝑛 = 3 independent experiments,
#
𝑝 < 0.001). (b) Mineralized matrix formation visualized by Alizarin Red S staining. Right panel shows Alizarin Red quantification at day 14
and 21 after osteoblast differentiation (𝑛 = 3 independent experiments, #𝑝 < 0.001). (c) Quantitative RT-PCR of osteoblastic and adipocyte
gene markers in CL1 and CL2 during osteoblast (upper panel) and adipocyte (lower panel) differentiation. ALP = alkaline phosphatase,
OPN = osteopontin, LPL = lipoprotein lipase, and ADIPOQ = adiponectin. Data are presented as fold change in expression of each target
gene normalized to GAPDH (𝑛 = 3 independent experiments, 𝑝 < 0.05; #

𝑝 < 0.001). (d) CL1 and CL2 lines were induced for adipocyte
differentiation using standard protocol described in the Methods. Adipocyte formation was visualized at day 7 (Adip d7) and day 14 (Adip
d14) by Oil Red-O staining. Lower panel presents quantification of Nile red staining (𝑛 = 3 independent experiments, #𝑝 < 0.001). (e) CL1
and CL2 lines were induced for chondrocyte differentiation using 21-day pellet culture method as described in the Methods. The pellets were
stained with Alcian blue, collagen 10 (Col X), and collagen 2 (Col II) (original magnification 5x).
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Table 1: Microarray data analysis showing genes related to bone development and osteoblast differentiation upregulated in CL1 versus CL2
cells.

Probe ID Genbank accession Gene name Gene symbol FC
A 23 P167367 NM 153426 Paired-like homeodomain 2 PITX2 308.84

A 23 P13907 NM 000618 Insulin-like growth factor 1 (somatomedin
C) IGF1 118.00

A 23 P55749 NM 015719 Collagen, type V, alpha 3 COL5A3 75.11
A 23 P94397 NM 005014 Osteomodulin OMD 56.07
A 24 P128442 NM 152380 T-box 15 TBX15 54.38
A 33 P3708413 NM 003480 Microfibrillar associated protein 5 MFAP5 53.73
A 24 P72064 NM 000163 Growth hormone receptor GHR 51.47
A 23 P215454 NM 001278939 Elastin ELN 50.15
A 24 P200854 NM 006735 Homeobox A2 HOXA2 44.99
A 23 P19624 NM 001718 Bone morphogenetic protein 6 BMP6 41.43
A 23 P500501 NM 000142 Fibroblast growth factor receptor 3 FGFR3 33.95
A 23 P154605 NM 018837 Sulfatase 2 SULF2 29.57

A 23 P28815 NM 000782 Cytochrome P450, family 24, subfamily A,
polypeptide 1 CYP24A1 22.47

A 23 P210109 NM 019885 Cytochrome P450, family 26, subfamily B,
polypeptide 1 CYP26B1 22.42

A 23 P323180 NM 006898 Homeobox D3 HOXD3 21.08
A 32 P405759 NM 152888 Collagen, type XXII, alpha 1 COL22A1 20.36
A 33 P3363799 NM 001242607 Neural cell adhesion molecule 1 NCAM1 17.33
A 33 P3381378 NM 001257096 Paired box 1 PAX1 17.12
A 23 P383009 NM 000599 Insulin-like growth factor binding protein 5 IGFBP5 14.67
A 33 P3382856 NM 133507 Decorin DCN 14.38
A 23 P10206 NM 005328 Hyaluronan synthase 2 HAS2 14.33
A 24 P77904 NM 018951 Homeobox A10 HOXA10 13.64
A 23 P2814 NM 005905 SMAD family member 9 SMAD9 12.45
A 23 P88404 NM 003239 Transforming growth factor, beta 3 TGFB3 12.11

A 32 P4595 NM 000337 Sarcoglycan, delta (35 kDa
dystrophin-associated glycoprotein) SGCD 8.95

A 23 P162171 NM 006500 Melanoma cell adhesion molecule MCAM 8.60
A 24 P38276 NM 003505 Frizzled class receptor 1 FZD1 7.81

A 23 P24129 NM 012242 Dickkopf WNT signaling pathway inhibitor
1 DKK1 7.04

A 33 P3264528 NM 005523 Homeobox A11 HOXA11 6.64
A 33 P3220470 NM 005585 SMAD family member 6 SMAD6 6.47

A 23 P23783 NM 000261 Myocilin, trabecular meshwork inducible
glucocorticoid response MYOC 6.41

A 33 P3263432 NM 003637 Integrin, alpha 10 ITGA10 6.35
A 23 P383009 NM 000599 Insulin-like growth factor binding protein 5 IGFBP5 6.18
A 33 P3219090 NM 005542 Insulin induced gene 1 INSIG1 5.78

A 23 P162589 NM 001017535 Vitamin D (1,25-dihydroxyvitamin D3)
receptor VDR 5.68

A 23 P374695 NM 000459 TEK tyrosine kinase, endothelial TEK 5.65

A 24 P261169 NM 006378
Sema domain, immunoglobulin domain
(Ig), transmembrane domain (TM), and
short cytoplasmic domain, (semaphorin) 4D

SEMA4D 5.41

A 33 P3297930 NM 005202 Collagen, type VIII, alpha 2 COL8A2 5.138
A 23 P206359 NM 004360 Cadherin 1, type 1, E-cadherin (epithelial) CDH1 5.12
A 24 P264943 NM 000095 Cartilage oligomeric matrix protein COMP 5.07

A 33 P3214948 NM 014767 Sparc/osteonectin, cwcv, and kazal-like
domains proteoglycan (testican) 2 SPOCK2 4.54
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Table 1: Continued.

Probe ID Genbank accession Gene name Gene symbol FC
A 24 P55496 NM 053001 Odd-skipped related transcription factor 2 OSR2 4.38

A 24 P354689 NM 004598 Sparc/osteonectin, cwcv, and kazal-like
domains proteoglycan (testican) 1 SPOCK1 4.23

A 23 P69030 NM 001850 Collagen, type VIII, alpha 1 COL8A1 3.93
A 23 P128084 NM 002206 Integrin, alpha 7 ITGA7 3.91
A 24 P3249 NM 000965 Retinoic acid receptor, beta RARB 3.91
A 24 P168574 AJ224867 GNAS complex locus GNAS 3.83
A 23 P320739 NM 002397 Myocyte enhancer factor 2C MEF2C 3.74
A 23 P429383 NM 014213 Homeobox D9 HOXD9 3.54
A 23 P42322 NM 080680 Collagen, type XI, alpha 2 COL11A2 3.42
A 23 P160318 NM 001856 Collagen, type XVI, alpha 1 COL16A1 3.36
A 33 P3407013 NM 000600 Interleukin 6 IL6 3.30
A 23 P315364 NM 002089 Chemokine (C-X-C motif) ligand 2 CXCL2 3.29
A 33 P3413168 BC007696 Collagen, type XXVII, alpha 1 COL27A1 3.08
A 23 P43164 NM 015170 Sulfatase 1 SULF1 3.05
A 23 P58676 NM 001204375 Natriuretic peptide receptor 3 NPR3 3.04
A 33 P3290562 NM 000168 GLI family zinc finger 3 GLI3 3.00
A 23 P69497 NM 003278 C-type lectin domain family 3, member B CLEC3B 2.99
A 24 P353619 NM 000478 Alkaline phosphatase, liver/bone/kidney ALPL 2.99
A 33 P3305749 NM 000965 Retinoic acid receptor, beta RARB 2.89
A 23 P307328 NM 007331 Wolf-Hirschhorn syndrome candidate 1 WHSC1 2.77

A 23 P152305 NM 001797 Cadherin 11, type 2, OB-cadherin
(osteoblast) CDH11 2.77

A 23 P216361 NM 021110 Collagen, type XIV, alpha 1 COL14A1 2.62
A 23 P7313 NM 001040058 Secreted phosphoprotein 1 SPP1 2.60
A 24 P267592 NM 015474 SAM domain and HD domain 1 SAMHD1 2.54
A 23 P210482 NM 000022 Adenosine deaminase ADA 2.52
A 23 P148047 NM 000958 Prostaglandin E receptor 4 (subtype EP4) PTGER4 2.51
A 23 P345725 NM 014621 Homeobox D4 HOXD4 2.47
A 24 P125283 NM 001015053 Histone deacetylase 5 HDAC5 2.37
A 33 P3231953 NM 004370 Collagen, type XII, alpha 1 COL12A1 2.34
A 24 P298027 NM 004655 Axin 2 AXIN2 2.31

A 24 P336551 NM 199173 Bone gamma-carboxyglutamate (gla)
protein BGLAP 2.29

A 33 P3313825 XM 006713316 Transforming growth factor, beta receptor II
(70/80 kDa) TGFBR2 2.23

A 23 P82990 NM 033014 Osteoglycin OGN 2.20
A 32 P24585 NM 001017995 SH3 and PX domains 2B SH3PXD2B 2.20
A 24 P944458 NM 016133 Insulin induced gene 2 INSIG2 2.14
A 23 P99063 NM 002345 Lumican LUM 2.12
A 32 P5251 NM 001024809 Retinoic acid receptor, alpha RARA 2.11
A 24 P935491 NM 000090 Collagen, type III, alpha 1 COL3A1 2.10

A 33 P3312104 NM 025099 CTS telomere maintenance complex
component 1 CTC1 2.06

A 33 P3321342 NM 016133 Insulin induced gene 2 INSIG2 2.04

A 23 P100486 NM 206824 Vitamin K epoxide reductase complex,
subunit 1 VKORC1 2.02

A 23 P53588 NM 030775 Wingless-type MMTV integration site
family, member 5B WNT5B 2.00

A 23 P616356 NM 001291902 Low density lipoprotein receptor-related
protein 5 LRP5 2.00
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Table 2: Microarray data analysis showing genes related immune modulation and immune defense genes upregulated in CL2 versus CL1
cells.

ID Gene name Gene symbol Fold change
A 23 P128094 ATP-binding cassette, subfamily B (MDR/TAP), member 9 ABCB9 2.1
A 32 P156963 Actin, gamma 1 ACTG1 3.0
A 23 P28279 ARP1 actin related protein 1 homolog B, centractin beta (yeast) ACTR1B 2.0
A 23 P211207 Adenosine deaminase, RNA-specific, B1 ADARB1 3.5
A 23 P381261 Adenylate cyclase 4 ADCY4 5.0
A 23 P169993 Adenylate cyclase 8 (brain) ADCY8 3.2
A 23 P76823 Adenylosuccinate synthase-like 1 ADSSL1 7.0
A 23 P135486 Alpha hemoglobin stabilizing protein AHSP 2.6
A 23 P216023 Angiopoietin 1 ANGPT1 7.6
A 23 P94501 Annexin A1 ANXA1 2.6
A 23 P121716 Annexin A3 ANXA3 346.8
A 23 P6398 Adaptor-related protein complex 1, beta 1 subunit AP1B1 2.2

A 23 P120931 Apolipoprotein B mRNA editing enzyme, catalytic polypeptide-like
3C APOBEC3C 2.2

A 23 P132316 Apolipoprotein B mRNA editing enzyme, catalytic polypeptide-like
3D APOBEC3D 2.4

A 23 P357101 Apolipoprotein B mRNA editing enzyme, catalytic polypeptide-like
3F APOBEC3F 2.3

A 23 P143713 Apolipoprotein B mRNA editing enzyme, catalytic polypeptide-like
3G APOBEC3G 9.6

A 23 P93988 Rho guanine nucleotide exchange factor (GEF) 5 ARHGEF5 8.7
A 24 P20383 Actin related protein 2/3 complex, subunit 4, 20 kDa ARPC4 2.2
A 23 P208389 AXL receptor tyrosine kinase AXL 2.0
A 33 P3279353 Azurocidin 1 AZU1 4.8
A 33 P3262043 BCL2-associated agonist of cell death BAD 2.3
A 24 P159648 BAI1-associated protein 2 BAIAP2 2.2
A 23 P370682 Basic leucine zipper transcription factor, ATF-like 2 BATF2 22.2
A 23 P160720 Basic leucine zipper transcription factor, ATF-like 3 BATF3 3.0
A 33 P3229272 Breast cancer antiestrogen resistance 1 BCAR1 3.3
A 23 P210886 BCL2-like 1 BCL2L1 3.4
A 23 P98350 Baculoviral IAP repeat containing 3 BIRC3 25.0
A 23 P31725 B lymphoid tyrosine kinase BLK 7.3
A 33 P3419785 BCL2/adenovirus E1B 19 kDa interacting protein 3 BNIP3 7.3
A 19 P00802936 BRICK1, SCAR/WAVE actin-nucleating complex subunit BRK1 2.2
A 23 P2431 Complement component 3a receptor 1 C3AR1 2.6
A 23 P97541 Complement component 4 binding protein, alpha C4BPA 2.6
A 23 P92928 Complement component 6 C6 4.0
A 23 P213857 Complement component 7 C7 2.2
A 33 P3745146 Cell adhesion molecule 1 CADM1 34.3
A 23 P250347 Calcium/calmodulin-dependent protein kinase IV CAMK4 3.4
A 23 P253791 Cathelicidin antimicrobial peptide CAMP 3.3
A 23 P82324 Caspase recruitment domain family, member 11 CARD11 7.9
A 23 P500433 Caspase recruitment domain family, member 9 CARD9 2.4
A 23 P202978 Caspase 1, apoptosis-related cysteine peptidase CASP1 2.4
A 23 P123853 Chemokine (C-C motif) ligand 19 CCL19 2.0
A 23 P17065 Chemokine (C-C motif) ligand 20 CCL20 14.6
A 23 P215484 Chemokine (C-C motif) ligand 26 CCL26 2.8
A 23 P503072 Chemokine (C-C motif) ligand 28 CCL28 4.3
A 33 P3316273 Chemokine (C-C motif) ligand 3 CCL3 2.3
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Table 2: Continued.

ID Gene name Gene symbol Fold change
A 23 P152838 Chemokine (C-C motif) ligand 5 CCL5 2.7
A 23 P78037 Chemokine (C-C motif) ligand 7 CCL7 16.0
A 23 P207456 Chemokine (C-C motif) ligand 8 CCL8 2.8
A 23 P361773 Cyclin D3 CCND3 2.3
A 33 P3284508 CD14 molecule CD14 4.2
A 23 P259863 CD177 molecule CD177 2.7
A 33 P3381513 CD274 molecule CD274 10.8
A 23 P15369 CD300 molecule-like family member b CD300LB 2.0
A 23 P416747 CD3e molecule, epsilon (CD3-TCR complex) CD3E 2.7

A 24 P188377 CD55 molecule, decay accelerating factor for complement (Cromer
blood group) CD55 5.9

A 23 P300056 Cell division cycle 42 CDC42 4.5
A 32 P148710 Cofilin 1 (nonmuscle) CFL1 2.8
A 33 P3217584 Cholinergic receptor, nicotinic, alpha 4 (neuronal) CHRNA4 2.9
A 33 P3415300 Complexin 2 CPLX2 2.7
A 23 P133408 Colony stimulating factor 2 (granulocyte-macrophage) CSF2 16.5
A 33 P3396139 Cytotoxic T-lymphocyte-associated protein 4 CTLA4 3.0
A 33 P3287631 Cathepsin B CTSB 2.3
A 33 P3283480 Cathepsin C CTSC 8.2

A 23 P7144 Chemokine (C-X-C motif) ligand 1 (melanoma growth stimulating
activity, alpha) CXCL1 6.5

A 33 P3712341 Chemokine (C-X-C motif) ligand 12 CXCL12 4.8
A 33 P3351249 Chemokine (C-X-C motif) ligand 16 CXCL16 11.6
A 23 P315364 Chemokine (C-X-C motif) ligand 2 CXCL2 3.3
A 24 P183150 Chemokine (C-X-C motif) ligand 3 CXCL3 2.9
A 23 P155755 Chemokine (C-X-C motif) ligand 6 CXCL6 5.0
A 33 P3214550 Chemokine (C-X-C motif) receptor 2 CXCR2 2.0
A 33 P3389230 Chemokine (C-X-C motif) receptor 3 CXCR3 2.3

of the biological processes revealed several immune-related
pathways: “MAPKKK cascade,” “immunity and defense,”
“signal transduction,” “extracellular matrix protein-mediated
signaling,” and “interferon-mediated immunity,” among oth-
ers that were upregulated (Supplementary Table 2B). Also,
40 genes related to immune system related factors were
identified as significantly enriched in CL2 compared to CL1
cells (Supplementary Table 2C).We chose the following genes
for validation of the microarray results: NOV, IGFBP5, ALP,
TAGLN, and CDH11 as they were highly expressed in CL1.
RT-PCR analysis confirmed themicroarray results (Figure 3).

Furthermore, we compared the molecular phenotype of
CL1 and CL2 cells with that of phBMSC.We found that more
than 80% of the genes expressed in CL1 and 90% in CL2 cells
were commonwith primary phBMSC (Supplementary Figure
2), suggesting that CL1 and CL2 molecular phenotype exist
within the heterogeneous population of phBMSC cultures.

3.6. ALP Knockdown Impairs Differentiation of CL1 Cells.
Since ALP has been suggested as a marker for hBMSC
progenitor cell lineage commitment [13] and was highly
upregulated in CL1 cells, we tested its biological role in

CL1 cells. ALP siRNA transfection decreased ALP protein
level, ALP activity, and mRNA gene expression compared to
control cells transfected with control siRNA (𝑝 < 0.01) and
this inhibition was detectable up to day 7 days after osteoblast
differentiation induction (Figures 4(A) and 4(B)). At day 14 of
differentiation, mineralization ability of CL1 was significantly
impaired (Figure 4(C)). In addition, we found that the
number of mature adipocyte formations was significantly
reduced to more than 75% (𝑝 < 0.01) (Figure 4(D)).

To identify relevant adipocyte differentiation associated
genes that were targeted by ALP deficiency, we compared the
downregulated genes of ALP deficient CL1 with the upreg-
ulated genes identified during adipocytic differentiation of
CL1. We identified 62 genes that were common (Figure 5(a),
Table 4) and among these genes were genes related to
metabolism (primarily lipid and carbohydrate) and transport
including CYB5B, CHST1, TAP1, ATP8A1, LRP8, PLCD1,
and FABP5 (Table 4). We further performed quantitative
real-time PCR of ALP deficient CL1 cells during adipocyte
differentiation. The following adipocyte-associated genes
were downregulated: PPAR𝛾2, LPL, and aP2 (Figure 5(b)),



12 Stem Cells International

Table 3: Whole genome microarray analysis of two clonal popu-
lations of human bone marrow stromal stem cells: CL1 and CL2
cells. (a) Top 35 highly upregulated genes in CL1 cells versus CL2
cells. (b) Ingenuity� Pathway Analysis (IPA�) showing the different
physiological system development and function genes found in each
category and the corresponding 𝑝 value. (c) Upper part IPA analysis
showing the categories for skeletal and muscular system development
and function upregulated in CL1 cells and lower part showing genes
upregulated in CL2 cells. NOV = nephroblastoma overexpressed,
IGFBP5 = insulin-like growth factor binding protein 5, ALP, TAGLN
= transgelin, and CDH11 = OB-cadherin (osteoblast).

(a)

Gene ID Fold change CL1 versus CL2
FOLR3 28.4721
CCL3L3 17.936
POSTN 15.5924
SERPINB2 −17.2599
IGFBP5 14.6708
CCL3 13.1203
NOV 11.2921
ACTG2 10.4493
CRYAB 10.0678
PSG4 9.68913
RAB3IL1 9.16897
SCIN 9.13702
MYL9 9.12814
TNFRSF11B 8.86049
TAGLN 8.75581
CDH12 8.06682
SHISA2 8.0291
THBS1 7.86854
SPP1 7.64205
LCE2A 7.41042
TMEM98 7.38011
PSG7 7.12183
MYPN 7.01837
FNDC1 6.88102
TNS3 6.72083
ABI3BP 6.67822
LRP3 6.64307
MMP3 6.34715
FAM167A 6.02684
HSPB2 6.01063
ALPL 6.01022
CTSK 5.87356
CXCL12 5.68572
THY1 4.89445
CDH10 4.86105

(b)

Name 𝑝 value # molecules
Physiological system development and function

Organismal development 7.05𝐸 − 10–1.43𝐸 − 03 181
Embryonic development 1.00𝐸 − 09–1.43𝐸 − 03 154
Organ development 1.00𝐸 − 09–1.43𝐸 − 03 145

(b) Continued.

Name 𝑝 value # molecules
Skeletal and muscular
system development and
function

1.00𝐸 − 09–1.02𝐸 − 03 123

Tissue development 1.00𝐸 − 09–1.43𝐸 − 03 236

(c)

Functions annotation 𝑝 value # molecules
Skeletal and muscular system development and

function upregulated in CL1 cells
Size of bone 1.43𝐸 − 06 24
Differentiation of
osteoblasts 3.84𝐸 − 06 25

Mineralization of
bone 4.93𝐸 − 06 19

Bone mineral density 3.65𝐸 − 05 19
Skeletal and muscular system development and

function upregulated in CL2 cells
Development of
muscle 1.00𝐸 − 09 44

Proliferation of
muscle cells 2.29𝐸 − 06 35

Remodeling of bone 3.63𝐸 − 06 21
Resorption of bone 3.94𝐸 − 06 19

confirming impairment of adipocytic differentiation of ALP
deficient CL1 cells.

4. Discussion

We extensively studied two cell populations within cultured
hBMSC that were identified based on differences in mor-
phology. Cellular and molecular studies revealed differences
in growth, differentiation capacity, and molecular signature.
Our data support the notion of the presence of cellular and
functional heterogeneity among cultured hBMSC.

Cellular heterogeneity of cultured hBMSC is recognized
in an increasing number of reports. Several extrinsic and
intrinsic factors may contribute to the observed hBMSC
heterogeneity. Extrinsic factors include donor-to-donor vari-
ations in the number and quantity of initiating cells, which
result in differences in cell growth rate and differentia-
tion capacity [14, 15]. Intrinsic factors have been examined
employing single cell clonal analysis and revealed variations
in differentiation potential among individual colonies within
hBMSC cultures ranging from the presence of cells with
trilineage (osteoblast, adipocytes, and chondrocyte) potency
to cells with null potency [16]. Also, variations in the ability
of clonal cells to form heterotopic bone when implanted in
vivo have been reported [5]. Our study corroborates these
findings and provides more detailed cellular and molecular
phenotyping of two examples of cell populations that exist
within the heterogeneous hBMSC cultures [17].

Determining the molecular signature of CL1 and CL2
using whole genomemicroarray analysis showed enrichment
of lineage-commitment associated genes inCL1. For example,
insulin-like growth factor 5 (IGFBP5) and interleukin 6 (IL6)
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Figure 3: Validation of whole genome microarray analysis of two clonal populations of human bone marrow stromal stem cells: CL1 and
CL2 cells. Quantitative real-time PCR for highly expressed genes in CL1 cells. NOV = nephroblastoma overexpressed, IGFBP5 = insulin-like
growth factor binding protein 5, ALP, TAGLN = transgelin, and CDH11 = OB-cadherin (osteoblast). Data are presented as fold change in
expression of each target gene normalized to GAPDH (𝑛 = three independent experiments, #𝑝 < 0.001) (see also Table 3).

were 14.7- and 3.3-fold upregulated in CL1 cells, respectively.
Both factors are expressed in osteoprogenitor cells and
important for osteoblast maturation [18]. We also observed
that periostin (POSTN) gene was highly upregulated in
CL1 cells (15.6-fold); POSTN is a 90 kDa secreted protein,
originally identified in murine osteoblast-like cells and is
upregulated by PTH [19]. Several studies employing murine
and human cells have revealed important role of POSTN
in osteoblast differentiation and during development in
intramembranous ossification [20–23]. Another factor iden-
tified in CL1 cells is nephroblastoma overexpression (NOV)
which is a member of the Cyr 61, connective tissue growth
factor (CNN) family. The CCN family of proteins promotes
osteoblast differentiation through interaction with integrins,
WNT, BMP, and NOTCH signaling pathways [24–26]. In
addition, a large number of signaling molecules known to
be regulators of hBMSC lineage specific differentiation, for
example, insulin-like growth factors [27–29], WNT [30–32],
and MAPK [33–35], were enriched in CL1 cells. In contrast,
CL2 expressed high levels of immune-related genes which
may explain the poor differentiation response to osteoblast
or adipocyte lineage. In a recent study the authors used
telomerized hBMSC and showed clearly a clonal population
that had very low in vitro and in vivo differentiation ability;
however they had enhanced immune-related features includ-
ing high IL7 expression. These nullipotent cells expressed
CD317 which was associated with remarkably high basal level
expression of factors with a proinflammatory and antiviral
function [17]. We observed that this molecular phenotype
was associated with distinct ultrastructural characteristics
of the cells. In particular, CL2 had abundant phagocytic
vacuole, microvilli, and lysosomes, features reminiscent of

ultrastructure of immune-regulatory cells. Our data thus
support the increasingly recognized feature that hBMSC
exhibit immune modulatory functions and a part of the
innate immune response [17].

We observed that ALP protein expression and enzymatic
activity were significantly different between CL1 and CL2
cell lines and were thus a potential marker that distinguishes
different cell populations with progenitor functions (CL1)
from cells with nonprogenitor functions (CL2). ALP is
expressed in a wide variety of tissues, including kidneys,
bone, and liver [36, 37], but tissue-nonspecific ALP (ALPL)
is considered a commitment marker for osteoblastic lineage
[13, 38]. However, in a recent study the authors examined the
differentiation potential of a number of hMSC clones in vitro
and in vivo and reported that the hMSC clones with high
levels of ALP expression were committed to trilineage differ-
entiation [13]. Our data corroborate and extend these findings
by reporting the effects of siRNA-mediated inhibition of
ALP that resulted in an impaired hBMSC differentiation not
only to osteoblasts, but also to adipocytes. Also, our results
corroborate earlier studies that demonstrated in human bone
biopsies the presence of ALP expression in bone marrow
adipocytic cells [13, 17]. All these data suggest that ALP is
a “stemness” marker of hBMSC and not just an indicator of
osteoblastic lineage commitment.

While CL1 and CL2 were isolated from telomerized
hMSC cell line, they are relevant to normal human physi-
ology. We observed that the molecular phenotypes of CL1
and CL2 were contained within the molecular signature
of primary hBMSC suggesting that CL1 and CL2 repre-
sent cell populations within the heterogeneous cultures of
hBMSC.We have also previously reported that the molecular
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Figure 4: Effect of alkaline phosphatase (ALP) gene silencing by small interfering RNA (siRNA) on a clonal population of human bone
marrow stromal stem cell CL1. (A) ALP staining at day 3, day 5, or day 7 days of osteoblast differentiation (OB induction). (B) Quantitative
real-time PCR for ALP gene following ALP siRNA transfection at day 0 OB and day 7 of OB. Data are presented as fold change in expression
of each target gene normalized to GAPDH (𝑛 = three independent experiments, #𝑝 < 0.01). Western blotting analysis of day 3 and day 7
after siRNA ALP transfection of CL1 cells, ALPL specific antibody, and B-actin was used. (C) Mineralized matrix formation as visualized
by Alizarin Red S staining in siRNA transfected CL1 cells after 14 days of OB induction. (D) Nile red quantification of mature lipid filled
adipocyte in control noninduced (Cont), adipocyte induced (Adip I), and ALP siRNA transfected cells that are adipocyte induced (ALP
siRNA). Adipocyte induction was carried out for 7 days. ∗𝑝 < 0.05.

phenotype and cellular responses of hMSC-TERT are similar
to those of primary hMSC [10].While we have identified ALP
as a marker that can be used for a prospective identification
of differentiation committed population of hBMSC, we iden-
tified additional distinctive molecular markers of the cells.
For example, IGF-1, IGF-2, and IGF binding protein 5 were
enriched in CL1 compared to CL2. IGFs and their binding
proteins are very well-studied factors that play a role in
hBMSC proliferation and osteoblast differentiation [18]. On

the other hand, annexin A3 as well as several immune-related
genes was highly enriched in CL2 compared to CL1. Future
studies are needed to determine the functional significance
of these molecules in relation to the functional identity of
various cell populations within the hBMSC cultures and
their usefulness as biomarkers to dissect the heterogeneous
population of cultured hBMSC.

Our finding of the presence of functional diversity within
hBMSC cultures that contain progenitor and nonprogenitor
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Table 4: Microarray data analysis showing genes found to be upregulated during adipogenic differentiation and downregulated after ALP
KO.

62 common elements in
“AD up” and “ALP down” Gene name FC (ALP siRNA versus

control siRNA)
APOBEC3G Apolipoprotein B mRNA editing enzyme, catalytic polypeptide-like 3G −15.938025
IFI44L Interferon-induced protein 44-like −11.520283
PAQR5 Progestin and adipoQ receptor family member V −6.868241
PNMA2 Paraneoplastic antigen MA2 −5.9695344
DUSP23 Dual specificity phosphatase 23 −5.4786854
CLDN23 Claudin 23 −5.1885047
ANKDD1A Ankyrin repeat and death domain containing 1A −5.1646647
IL8 Interleukin 8 −4.887188
LRRC23 Leucine rich repeat containing 23 −4.7611775
IL6 Interleukin 6 (interferon, beta 2) −4.693139
LIFR Leukemia inhibitory factor receptor alpha −4.6540866
PTGFR Prostaglandin F receptor (FP) −4.457529
FAM134B Family with sequence similarity 134, member B −4.403495
CYFIP2 Cytoplasmic FMR1 interacting protein 2 −4.260462
METTL7A Methyltransferase-like 7A −4.0480843
APOBEC3F Apolipoprotein B mRNA editing enzyme, catalytic polypeptide-like 3F −3.9502614
CA5B Carbonic anhydrase VB, mitochondrial −3.93889
ITGA10 Integrin, alpha 10 −3.9143775
FMO3 Flavin containing monooxygenase 3 −3.852087
IMPA2 Inositol monophosphatase 2 (human) −3.8374884
CDO1 Cysteine dioxygenase, type I −3.8181455
CCDC68 Coiled-coil domain containing 68 −3.7292893

CXCL1 Chemokine (C-X-C motif) ligand 1 (melanoma growth stimulating activity,
alpha) −3.5942702

IDO1 Indoleamine 2,3-dioxygenase 1 −3.5803545
KCNIP3 Kv channel interacting protein 3, calsenilin −3.5442894
FADS1 Fatty acid desaturase 1 −3.2951858
LSR Lipolysis stimulated lipoprotein receptor −3.2215986
ITGA7 Integrin, alpha 7 −3.1355932
HLA-DMA Major histocompatibility complex, class II, DM alpha −3.1347752
APOBEC3B Apolipoprotein B mRNA editing enzyme, catalytic polypeptide-like 3B −3.1074922
BMP4 Bone morphogenetic protein 4 −3.0809238
DMBT1 Deleted in malignant brain tumors 1 −3.0760298
RDH5 Retinol dehydrogenase 5 (11-cis/9-cis) −3.066812
EPAS1 Endothelial PAS domain protein 1 −3.0615559
CDKN3 Cyclin-dependent kinase inhibitor 3 −3.052319
GPC6 Glypican 6 −3.0460389
CDK4 Cyclin-dependent kinase 4 −2.9808035
FKBP5 FK506 binding protein 5 −2.9360793
PDE1B Phosphodiesterase 1B, calmodulin-dependent −2.8863106
JAM2 Junctional adhesion molecule 2 −2.884354
TFPI Tissue factor pathway inhibitor (lipoprotein-associated coagulation inhibitor) −2.8578906
NT5M 5,3-Nucleotidase, mitochondrial −2.7555947
NFIA Nuclear factor I/A −2.7176137
TSPAN31 Tetraspanin 31 −2.627556
ZNF25 Zinc finger protein 25 −2.6183622
SULF2 Sulfatase 2 −2.5464642
MESP1 Mesoderm posterior 1 homolog (mouse) −2.525513
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Table 4: Continued.

62 common elements in
“AD up” and “ALP down” Gene name FC (ALP siRNA versus

control siRNA)
BCL2L1 BCL2-like 1 −2.5119667
PLTP Phospholipid transfer protein −2.4767148
TIMP4 TIMP metallopeptidase inhibitor 4 −2.465897
CYP27A1 Cytochrome P450, family 27, subfamily A, polypeptide 1 −2.4572072
TTC39B Tetratricopeptide repeat domain 39B −2.4439611
IL1R2 Interleukin 1 receptor, type II −2.427431
FMOD Fibromodulin −2.4185398
LDLRAD3 Low density lipoprotein receptor class A domain containing 3 −2.4032724
PISD Phosphatidylserine decarboxylase −2.3884957
TMEM100 Transmembrane protein 100 −2.384632
CHST2 Carbohydrate (N-acetylglucosamine-6-O) sulfotransferase 2 −2.3805838
APOBEC3F Apolipoprotein B mRNA editing enzyme, catalytic polypeptide-like 3F −2.3759322
SCD Stearoyl-CoA desaturase (delta-9-desaturase) −2.3524246
SPAG4 Sperm associated antigen 4 −2.280867
MMD Monocyte to macrophage differentiation associated human −2.2055967
ASS1 Argininosuccinate synthase 1 −2.1725202
GK5 Glycerol kinase 5 (putative) −2.1667244
PDE7B Phosphodiesterase 7B −2.166515
MT1X Metallothionein 1X −2.161843
ACACB Acetyl-CoA carboxylase beta −2.1512873
LEPR Leptin receptor −2.148686

HIF1A Hypoxia inducible factor 1, alpha subunit (basic helix-loop-helix transcription
factor) −2.0954225

HEXDC Hexosaminidase (glycosyl hydrolase family 20, catalytic domain) containing −2.094836
SARM1 Sterile alpha and TIR motif containing 1 −2.0797038
BBS1 Bardet-Biedl syndrome 1 −2.0146718
SERPING1 Serpin peptidase inhibitor, clade G (C1 inhibitor), member 1 −2.0102212
FAM162A Family with sequence similarity 162, member A −2.005807
TCTN1 Tectonic family member 1 −2.0033443

AD up ALP down
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Figure 5: Adipocyte related genes downregulated in ALP knockdown CL1 cells. (a) Venn diagram of whole gene expression analysis of AD
upregulated genes compared with ALP KD downregulated genes. (b) Quantitative real-time PCR of four selected common genes from Venn
diagram including ALPL, PPARg2, aP2, and LPL. Data are presented as fold change in expression of each target gene normalized to GAPDH
(𝑛 = three independent experiments, ∗𝑝 < 0.05, ∗∗𝑝 < 0.01, and ∗∗∗𝑝 < 0.001).
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cell populations has a clinical relevance. It demonstrates that
the progenitor function and the immune modulatory roles
of hBMSC [39] are mediated by specific and distinguishable
populations of hBMSC. Thus, future clinical studies employ-
ing hBMSC should attempt to administer the relevant sub-
population of hBMSC dependent on the experimental aim, as
a novel approach to improving the clinical efficiency, instead
of the current use of heterogeneous hBMSC populations.
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Early repair of skin injury and maximal restoration of the function and appearance have become important targets of clinical
treatment. In the present study, we observed the healing process of skin defects in nude mice and structural characteristics of
the new skin after transplantation of isolated and cultured adipose derived mesenchymal stem cells (ADMSCs) onto the human
acellular amniotic membrane (AAM).The result showed that ADMSCs were closely attached to the surface of AAM and grew well
24 h after seeding. Comparison of the wound healing rate at days 7, 14, and 28 after transplantation showed that ADMSCs seeded on
AAM facilitated the healing of full-thickness skin wounds more effectively as compared with either hAM or AAM alone, indicating
that ADMSCs participated in skin regeneration. More importantly, we noticed a phenomenon of hair follicle development during
the process of skin repair. Composite ADMSCs and AAM not only promoted the healing of the mouse full-thickness defects but
also facilitated generation of the appendages of the affected skin, thus promoting restoration of the skin function. Our results
provide a new possible therapy idea for the treatment of skin wounds with respect to both anatomical regeneration and functional
restoration.

1. Introduction

Local or systemic cutaneous lesions arising from skin injury
are often related to the loss of barrier function. Early repair
of skin injury and maximal restoration of the function and
appearance have become important targets of clinical treat-
ment. Autologous free skin grafting, skin flap transplantation,
and allogenous or xenogeneic skin transplantation remain
the first consideration in conventional clinical treatment of
skin injury [1, 2]. Although these techniques are usually
effective in most cases, how to solve the problem of covering
large wound areas and reduce wound retraction and scar
formation in patients with large and life-threatening wounds
or those with beauty demands remains a clinical challenge.
Construction of an ideal skin substitute has become an
inevitable trend in burn and plastic surgery. In 1975, Rhein-
wald and Green [3] first reported successful treatment of

wounds with transplantation of cultured human epidermal
cells, which symbolizes a milestone in wound treatment.
With the development of modern molecular and cellular
biology and tissue engineering, advances in skin substitute
research and application have gradually rendered it possible
to reduce secondary injury from autologous skin transplanta-
tion [4]. Subsequently, researchers have created techniques of
autologous epidermal cell culture and transplantation for the
treatment of burn and various other acute/chronic wounds,
thus providing permanent coverage for large-area wounds.
However, the anti-infection ability of these skin substitutes
is relatively low, and their functional and appearance degra-
dation is also an unavoidable problem.

Epidermal substitutes are mainly used for superficial
wounds [5]. The epidermis alone cannot survive long for
large, deep, and extensive wounds because it cannot receive
nutritional support from the dermis and therefore needs
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mechanical protection of a dermal substitute. The dermal
composition in the skin substitute can prevent the wound
from retracting and increase mechanical stability. Knowing
that the dermis plays an important role in the regulation
of epidermal renewal and reconstruction, accelerating the
construction of the dermis is an extremely important link in
skin tissue engineering [6].

The human amniotic membrane (hAM) is a natural
high-molecular biological material and can express multi-
ple growth factors and mRNA-related proteins including
collagen, glycoprotein, protein polysaccharide, integrin, and
lamellar body, which are beneficial to cell growth and
reproduction. For this reason, hAM is often used as a vector
for cell growth and proliferation [7, 8]. Acellular amniotic
membrane (AAM) is a natural biologic scaffold and can
be used as an extracellular matrix to load cells for the
construction of engineered tissues and organs [9].There have
beenmany reports about the use of AAM for wound coverage
[10, 11]. But few studies have reported the use of composite
AAM and stem cells for the treatment of skin defects and
functional repair. In the present study, we intended to observe
the healing of skin defects and histological and structural
characteristics of the newborn skin after transplantation of
isolated and cultured adipose derived mesenchymal stem
cells (ADMSCs) onto AAM and using them to cover the skin
defects in nude mice, in an attempt to explore the possibility
of seeding ADMSCs on AAM to repair skin defects.

2. Materials and Methods

2.1. Characterization of ADMSCs. Fourth-passage ADMSCs
stored in our laboratory were characterized for the expres-
sion pattern of mesenchymal and pluripotent markers by
immunohistochemistry and flow cytometry. P4 ADMSCs
were fixed with 4% paraformaldehyde in phosphate buffer
for 4min at room temperature. After being blocked with
PBS containing 2% BSA, cells were permeabilized with 0.1%
Triton-X 100 for 10min. Slides were incubated sequentially
overnight at 4∘C with the following primary antibodies: Oct-
4 (goat polyclonal, 1 : 50, Santa Cruz Biotechnology Inc.) and
SH-2 (1 : 50, mouse polyclonal, Santa Cruz Biotechnology
Inc.). The slides were washed with PBS ± 1% BSA after each
step. Finally, cells were incubated for 40min at room temper-
ature with FITC or Cy3-coupled anti-goat or anti-mouse IgG
secondary antibody (1 : 500, Jackson) and observed under a
fluorescence microscope (BX41TB, Olympus, Tokyo, Japan).

For FACS analysis, cells were trypsinized and spun down
by centrifugation for 5min at 1000 rpm. The cell pellet was
resuspended in 100 𝜇L PBS and incubated on ice for 30min
with FITC or PE-conjugated monoclonal antibodies against
CD29, CD44, CD105, CD90, CD34, and CD45 (Becton-
Dickinson, San Jose, CA). After two washes with cold PBS,
the labeled cells were analyzedwith a FACStar flow cytometer
(Becton-Dickinson, San Jose, CA, USA).

2.2. Preparation and Evaluation of AAM. hAM was decellu-
larized using 0.03% (w/v) sodium dodecyl sulfate (SDS), with
hypotonic tris buffer and protease inhibitors and nuclease

treatment. Both intact hAM and AAM were fixed in 4%
paraformaldehyde before HE staining to observe whether the
epidermal layer of AAM had been removed completely.

2.2.1. Seeding of ADMSCs on AAM. P4 adipose stem cells
were seeded on the surface of AAM at a density of 2 × 105
cells/cm2, with the KC-SFMmedium replaced on alternative
days. After 7-day loading, cell adhesion and growth were
observed under an optical microscope by HE staining.

2.3. Preparation of Full-Thickness Skin Defects in Nude Mice
and Repair of the Skin Defects in Different Groups. After
intraperitoneal anesthesia, full-thickness skin defects were
made by cutting a 0.8 cm × 0.8 cm wound on the back deep
to the fascia in 6-week-old healthy BALB/C-numice of either
sex weighing 20∼30 g. According to the different methods
used for wound treatment, the 30 BALB/C-nu mice were
equally randomized to three groups: hAM group, where the
wounds were treated by native hAM; AAM group, where
the wounds were treated with AAM alone; and ADMSCs
seeded on AAM group, where the wounds were treated
by transplanting composite ADMSCs and AAM to the
wounds. Before treatment, the wounds were gently rinsed
with gentamycin normal saline (NS). AAM was fixed on the
surrounding skin with 1.0-gauge suture and dressed with NS
gauze.

2.4. Observation and Measurement. Wound contraction: the
wound area wasmeasured 7, 14, and 28 days after transplanta-
tion in all groups, and the wound healing rate was calculated
using the following equation: would healing rate = (original
wound area − current wound area)/original wound area ×
100%.

2.5. Immunohistofluorescence Analysis and HE Staining
Observation. Immunohistofluorescence staining was used to
examine the expression of cytokeratin 19 (CK19) and human
derived mitochondria in the new skin tissue. At day 28 after
treatment, OCT-embedded specimens were made into 10𝜇m
thick continuous frozen sections. After being fixed with cold
acetone, the slides were preincubated in the working normal
goat serum concentration for 10min and then incubated with
amouse polyclonal anti-CK19-specific antibody (1 : 50, Dako)
or human derived mitochondria (1 : 200, Neomarks) at 4∘C
for 16 h. Then, the slides were incubated for 40min at room
temperature with FITC or Cy3-coupled IgG secondary anti-
body (1 : 500, Jackson), counterstained with DAPI (Sigma-
Aldrich), and observed under a fluorescence microscope
(BX41TB, Olympus, Japan). Additionally, part of the skin
from the same site was fixed in 4% paraformaldehyde, HE
stained, and observed for the skin structure and growth of
the skin appendages under the optical microscope.

2.6. Statistical Treatment. Statistical analyses were performed
using SPSS15.0. Measurement data were expressed as 𝑋 ± 𝑆.
Intergroup comparison was performed using 𝑡-test. 𝑃 < 0.05
was considered statistically significant.
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Table 1: Comparison of the wound healing rate between different
groups.

Groups Day 7 Day 14 Day 28
hAM 33.39 ± 4.7 43.01 ± 2.8 85.42 ± 1.9
AAM 52.68 ± 3.5∗∗ 68.43 ± 2.4∗∗ 79.48 ± 1.6∗∗

ADMSCs seeded on
AAM 64.38 ± 3.9∗∗ 79.75 ± 3.8∗∗ 92.02 ± 4.2∗∗

∗∗

𝑃 < 0.05.

3. Results

3.1. Evaluation of Cultured ADMSCs In Vitro. Primarily
cultured ADMSCs were spindle-shaped, with a relatively
large nucleus-cytoplasm ratio. Confluent cells began forming
clones at day 4 after seeding. The size of the clonal cells
was relatively small, with a large nucleus-cytoplasm ratio,
where split kernels were visible. About 80% of the ADMSCs
became confluent 12 days after seeding (Figure 1(a) P1). P4
ADMSCs were morphologically uniform (Figure 1(a) P4).
Immunofluorescence staining of the fourth-passage adipose
stem cells showed strong positive expression for Oct-4 and
SH-2, with a positive rate of more than 90% (Figure 1(b)).
Flow cytometry showed that P4 ADMSCs were positive for
CD29, CD44, CD105, and CD90 and did not express CD45 or
CD34 (markers for hematopoietic stem cells) (Figure 1(c)).

3.2. Evaluation of hAM and ADMSCs Seeded on AAM. Opti-
cal microscopic observation by HE staining: The epidermal
layer of the cryopreserved intact hAM was complete and
continuous with the nucleus clearly seen (Figure 2(a)) and
disappeared after trypsin treatment but the basement mem-
brane kept intact (Figure 2(b)). At day 3 of loading ADMSCs
onto AAM, HE staining of optical microscopy showed that
cells grew well with large cell bodies protuberating like
spindles. At day 7, cells fused into patches covering the surface
of AAM cells and turned from a single layer tomultiple layers
(Figure 2(c)).

3.3. Wound Healing in Different Groups. The healed skin
was lower than the normal skin in all groups. At day 7
after seeding, AAM was attached onto the wound surface
securely, and the wound surface began shrinking; at day 14
after seeding, AAM fell off from the wound surface and the
sound surface further shrank and healed; and at day 28,
the wound surface was stabilized. Comparison of the wound
healing rate at days 7, 14, and 28 after transplantation showed
that the wound healing rate in ADMSC-AAM seeding group
was significantly higher than that in hAM and AAM groups,
and the wound healing rate in AAM group was significantly
higher than that in hAM group (Table 1).

3.4. Characteristics of the New Skin Tissue Structure. HE
staining showed that, at day 28, the hair follicle-like structure
appeared in ADMSC-AAM seeding group; the number of
epidermal layers in ADMSC-AAM seeding groupwas greater

than that in hAM and AAM groups, and all wounds in
ADMSC-AAM seeding group healed completely (Figure 3).
The typical hair follicle structure was observed at day 28 day
after transplantation, when immunohistochemistry showed
that some cells of new hair follicles in the healed epidermis
were positive for both keratin 19 and human derived mito-
chondria. Keratin 19 is a marker when mesenchymal cells
are transcribed to epithelial cells, and anti-human-derived
mitochondria are often used as a tracing agent to demonstrate
cells derived from human ADSCs. Image pro plus showed
that the number of hair follicles in ADMSC-AAM seeding
group was significantly higher than that in hAM and AAM
groups. The process of hair follicle development showed
that composite AAM and ADMSCs not only promoted the
healing of the full-thickness defects in the mice but also
facilitated generation of the appendages of the affected skin,
thus promoting restoration of the skin function (Figure 4).
HE staining showed that regeneration of skin appendages,
especially regeneration of the hair follicle, is very similar
to hair follicle formation in the process of normal skin
development.

4. Discussion

The skin is known as the largest organ of the human
integumentary system and is composed of complex tissue
structures including hair follicles, sweat glands, sebaceous
glands, and other appendages [6]. It plays important roles
in barrier protection, thermoregulation, hair generation, and
other physiological functions. The skin covers the body
externally, making it vulnerable to injuries from various
external factors such as burn, trauma, and chronic ulceration.
There are about one million burn patients in China who
need skin transplantation annually. However, as dermagrafts
currently used in clinical practice contain the epidermis
alone or epidermis with dermis but without hair follicles,
sweat glands, melanin cells, capillaries, fat layers, and other
appendages, they lack many physiological functions of the
normal skin, thus seriously affecting the patient’s quality of
life.

Since the successful isolation of ADMSCs in vitro, they
have become themost extensively used adult stem cells in tis-
sue engineering and regenerativemedicine [12–14]. ADMSCs
express the mesenchymal and pluripotent markers [15, 16] as
we examined, and compared with stem cells derived from
other sources, ADMSCs have unique advantages of abun-
dant sources, easy obtainment, high proliferative activity,
and multidirectional differentiation potentiality and there-
fore have become common seed cells in tissue engineering
[17, 18].

The use of ADMSCs with an AAM coculture system has
been reposted as a stem cell therapy and scaffold transplan-
tation for the treatment and functional repair of skin [16, 19].
Sánchez-Sánchez et al. [19] reported that the radiosterilized
hAM and pig skin may prove to be suitable scaffolds for
delivery of hADMSCs to promote tissue regeneration in skin
injuries. Our present study also demonstrated the feasibility
of seeding ADMSC onto AAM for the clinical treatment of
skin defects. Both ADMSCs and AAM are easily accessible.
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Figure 1: Morphology and molecular marker detection of isolated ADMSCs. (a) Phase-contrast micrographs of ADMSCs at P1 and
P4. Most ADMSCs were spindle-shaped with scant cytoplasm and with granules around the nuclei (original magnification 100x). (b)
Immunofluorescence detection: P4 ADMSCs were positive for Oct-4 and SH-2 (original magnification 100x). (c) FACS analysis: P4 ADMSCs
were positive for CD29, CD44, CD105, and CD90 and negative for CD45 and CD34.
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(a)

(b)

(c)

Figure 2: Morphology of hAM (a), AAM (b), and AAM loaded with ADMSCs (c). The right is the magnification of the left. HE staining
showed that the epidermal layer of the intact AMwas complete and continuous with the nucleus clearly seen and disappeared in AAM. After
loading ADMSCs onto AAM, cells covered the surface of AAM and fused into patches.

Unlike fresh hAM, AAM can be preserved for a relatively
long time as a safe and effective scaffold material [20].
Composite culture and transplantation of AAM are relatively
easywithout special technical requirements.Theproliferation
and differentiation abilities of hAM epithelial cells are not
as good as those of ADMSCs. In addition, ADMSCs can
differentiate to skin-related tissues [21]. It was found in the
present study that the adipose stem cells were able to closely
attach to the surface of AAMand grewwell 24 h after seeding.
At day 7 after seeding, cells fused to patches and covered the
surface of the AAM. But as AAM is easily dried, contraction
was observed in 50% of the wound area at day 7 after
seeding and also in more than one-third of the wound area in
ADMSC-AAM seeding group at day 28 after treatment. If this

problem could be solved successfully, AAM’s clinical value in
skin tissue engineering would be further upgraded.

More importantly, we noticed a phenomenon of hair
follicle development during the process of using composite
ADMSCs and AAM to repair the full-thickness skin defects.
Generally, only simple wound coverage is implemented in
the process of repairing full-thickness skin defects or deep
second-degree burns, without realizing the regeneration of
skin appendages and functional recovery. In the present
study, we rehearsed the process of skin appendage devel-
opment and achieved functional recovery of the wounded
skin. This result may prove to be clinically significant in
the treatment of full-thickness skin defects using skin tissue
engineering.
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Figure 3: HE staining showed that, at day 28, a lot of typical hair follicle-like structures appeared in ADMSC-AAM seeding group (c) com-
pared with hAM group (a) and AAM group (b). Immunohistochemistry showed that the healed epidermis was positive for cytokeratin 19.
Some cells of new hair follicles were positive for both keratin 19 (green) and human derivedmitochondria (red). S: sebaceous; HF: hair follicle.

0

1

2

3

4

5

6

7

hAM AAM ADMSCs seeded on
 AAM

N
um

be
r o

f h
ai

r f
ol

lic
le

s

∗∗

Figure 4: Comparison of hair follicles in different groups, ∗∗𝑃 <
0.05. Image pro plus showed that the number of hair follicles in
ADMSC-AAM seeding group was significantly higher than that in
hAM and AAM groups.

Competing Interests

The authors declare that they have no competing interests.

Authors’ Contributions

Wu Minjuan, Xiong Jun, and Shao Shiyun contributed
equally to this work. Ji Kaihong is the corresponding author
and Wang Yue is the co-corresponding author.

Acknowledgments

The present study was financed by the National Nat-
ural Science Foundation of China (81301649, 31101008)
and the National Natural Science Foundation of Shanghai
(14ZR1449400).



Stem Cells International 7

References

[1] D. Markeson, J. M. Pleat, J. R. Sharpe, A. L. Harris, A. M.
Seifalian, and S. M. Watt, “Scarring, stem cells, scaffolds and
skin repair,” Journal of Tissue Engineering and Regenerative
Medicine, vol. 9, no. 6, pp. 649–668, 2015.

[2] C. K. Mueller, S.-Y. Lee, and S. Schultze-Mosgau, “Character-
ization of interfacial reactions between connective tissue and
allogenous implants used for subdermal soft tissue augmenta-
tion,” International Journal of Oral and Maxillofacial Surgery,
vol. 38, no. 11, pp. 1194–1200, 2009.

[3] J. G. Rheinwald and H. Green, “Serial cultivation of strains of
human epidermal keratinocytes: the formation of keratinizing
colonies from single cells,” Cell, vol. 6, no. 3, pp. 331–334, 1975.

[4] E. Catalano, A. Cochis, E. Varoni, L. Rimondini, and B.
Azzimonti, “Tissue-engineered skin substitutes: an overview,”
Journal of Artificial Organs, vol. 16, no. 4, pp. 397–403, 2013.

[5] M. Varkey, J. Ding, and E. Tredget, “Advances in skin
substitutes—potential of tissue engineered skin for facilitating
anti-fibrotic healing,” Journal of Functional Biomaterials, vol. 6,
no. 3, pp. 547–563, 2015.
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