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Reactive oxygen species (ROS) are an unavoidable byproduct
of oxygen metabolism and their cellular concentrations are
determined by the balance between their rates of production
and their rates of clearance by various antioxidant com-
pounds and enzymes. For a long time ROS were thought
to cause exclusively toxic effects which were associated with
various pathologies, including carcinogenesis, neurodegen-
eration, atherosclerosis, diabetes, and aging. However, to
date, it is known that while prolonged exposure to high
ROS concentrations may lead to various disorders, low
ROS concentrations exert beneficial effects regulating cell
signaling cascades.

The papers reported in this issue focus attention on some
aspects of ROS biology including the impact of ROS produc-
tion on various body districts and the defense arising from
endogenous and exogenous antioxidants, beneficial effects of
ROS production, and ROS regulation of signaling pathways.
However, the examination of the manuscripts clearly shows
that the passage of time has partly changed the approach to
various topics. For example, although in someworks different
substances, including antioxidants, have yet been used, in
other works different procedures and substances, including
products or extracts, have been successfully used in the
treatment of oxidative stress and related disorders due to the
complex bioactive compounds they contain.

Thus,A.V.Maksimenko studied the effects of intravenous
injection of the superoxide dismutase-chondroitin sulfate-
catalase (SOD-CHS-CAT) conjugate in a rat model of endo-
toxin shock. In this way he demonstrated the effectiveness
of the conjugate in prevention and medication of oxidative
stress damage, which is only partly due to prevention of NO
conversion in peroxynitrite.

The review of V. D. Prokopieva et al. examined proper-
ties and biological effects of the antioxidant carnosine and
presented data on successful use of carnosine in different
pathologies. Such data show that carnosine is an effective
antioxidant able to protect tissues against various adverse
factors inducing development of oxidative stress.

S. Ponist et al. evaluated the therapeutic potential of
carnosine in rat adjuvant arthritis. The results obtained on
two animal models (model of local acute inflammatory reac-
tion and subchronic model of rodent polyarthritis) showed
that carnosine had systemic anti-inflammatory activity and
protected rat brain and chondrocytes from oxidative stress.

A.Matuszyk et al. found that administration of exogenous
obestatin accelerates the healing of acetic acid-induced col-
itis, an effect partly due to anti-inflammatory properties of
obestatin that reduces IL-1𝛽 concentration and myeloperoxi-
dase activity in colonic mucosa.

C. Liu et al. used the aqueous extract of Cordyceps mil-
itaris fruit body in streptozotocin-induced diabetic rats and
found that the extract displays antidiabetic and antinephrotic
activity due to its ability to attenuate oxidative stress.

W. J. Bae et al. examined the effects of decursin extracted
from Angelica gigas Nakai (AG) on antioxidant activity
in vitro and in a cryptorchidism-induced infertility rat
model. Their study suggests that decursin is able to reduce
oxidative stress by Nrf2-mediated upregulation of heme
oxygenase-1 (HO-1) in rat experimentally induced unilateral
cryptorchidism and may improve cryptorchidism-induced
infertility.

E. Kerasioti et al. studied the protective effect of
sheep whey protein (SWP) against tert-butyl hydroperoxide-
(tBHP-) induced oxidative stress in endothelial cells. Their
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findings demonstrate that SWP protects endothelial cells
from oxidative stress increasing GSH levels and decreasing
GSSG, lipid peroxidation, protein oxidation, and ROS levels.

P. Boonruamkaew et al. studied the effect of an antiox-
idative nanoparticle (RNPN) that they recently developed
against APAP-induced hepatotoxicity in mice. Their findings
lead to concluding that RNPN possesses effective hepatopro-
tective properties and does not exhibit the notable adverse
effects associated with NAC treatment.

M. J. Gomes et al. evaluated the influence of exercise
on functional capacity, cardiac remodeling, and skeletal
muscle oxidative stress in rats with aortic stenosis- (AS-)
induced heart failure (HF).They found that exercise improves
functional capacity in rats regardless of echocardiographic
parameter changes. In soleus, exercise reduces oxidative
stress, preserves antioxidant enzyme activity, and modulates
mitogen-activated protein kinases (MAPK) expression

S. Kremserova et al. evaluated the role ofmyeloperoxidase
(MPO) in the regulation of acute lung inflammation and
injury. They showed that MPO deficiency enhances neu-
trophilia during LPS-induced airway inflammation due to
altered accumulation of proinflammatory cytokine RANTES
(regulated on activation, normal T cell expressed and
secreted) and reduces cell death of MPO deficient neu-
trophils. The role of MPO in the regulation of the course of
pulmonary inflammation, independent of its putative micro-
bicidal functions, can be potentially linked to its ability to
modulate the life span of neutrophils and affect accumulation
of chemotactic factors at the site of inflammation.

J. Petrović et al. investigated whether magnesium supple-
mentation in sedentary and rugby players young men could
protect peripheral blood lymphocytes (PBL) from hydrogen
peroxide-inducedDNAdamage.They found thatmagnesium
supplementation has marked effects in protecting the DNA
from oxidative damage in both men with different lifestyles.

T. Kataoka et al. compared the mitigating effects on
chronic constriction injury- (CCI-) induced neuropathic
pain of radon inhalation and pregabalin administration and
examined the combination effects of the treatments. They
found that combined effect of radon and pregabalin is an
additive effect because it has mitigative effect similar to the
effects of remarkably higher dose of pregabalin. The possi-
ble mechanism is the activation of antioxidative functions
induced by radon inhalation.

G. Espinha et al. found that the inhibition of RhoA
GTPase, an enzyme overexpressed in highly aggressive
metastatic tumors, increases sensitivity of melanoma cells to
UV radiation effects, suggesting that this GTPase represents
a potential inhibitory target for metastatic melanomas.

Some works have addressed the problem of the dual role
played by ROS or ROS producing enzymes.

N. Kaludercic and V. Giorgio described mitochondria
as a major site of production and as a target of ROS/RNS
and discussed how the posttranslational modifications of
ATP synthase due to ROS/RNS generation might play a dual
role by promoting cell death or survival depending on their
relative effects on mitochondrial ATP synthase catalysis and
PTP.

H. Pei et al. summarized the present understanding of
the role played by mitochondrial functional proteins such

as electron transport chain complexes, uncoupling proteins,
mitochondrial dynamic proteins, translocases of outer mem-
brane complex, and mitochondrial permeability transition
pore in ROS production and in protection of mitochondrial
integrity and function in ischemic heart diseases.

M. G. Battelli et al. reviewed the physiological and
pathological roles of xanthine oxidoreductase- (XOR-)
derived oxidant molecules showing that they may result
in either harmful or beneficial outcomes. Indeed, XOR
generates free radicals which are responsible for tissue
damage in hypoxia/reoxygenation and ischemia/reperfusion,
have proinflammatory activity, are involved in cancer
pathogenesis, and favor the progression to malignancy by
inducing angiogenesis and cell migration. On the other
hand, XOR products may activate the expression of the
proapoptotic protein p53 and transcription factors with
antitumorigenic and antiproliferative activity.

H.-Y. Tan et al. reviewed the role of ROS in maintaining
the homeostatic functions of macrophage and in particular
macrophage polarization. They also reviewed the biology of
macrophage polarization and the disturbance of the balance
of the different functional phenotypes in human diseases.

J. A. Hernández et al. reviewed the role of lipids in the
neuronal damage induced by ethanol-related oxidative stress
and in the related compensatory or defense mechanisms.
They showed that ethanol-induced neurodegeneration is at
least partly the result of the equilibrium between the toxicity
of signaling lipids and the protection that some lipids, such
phosphatidylethanolamine and cholesterol, confer to the cell.

A. Schmidt et al. used a HaCaT keratinocyte cell culture
model to investigate redox regulation and inflammation to
periodic, low-dose oxidative challenge generated by recurrent
incubation with cold physical plasma-treated cell culture
medium. They investigated the HaCaT keratinocyte global
transcriptomic profile over three months to identify genes
responsible for adaptations to periodic oxidative stress as seen
in redox-related diseases of the skin.Their results suggest that
all keratinocytes may have adapted to redox stress over time,
significantly altering their basal gene expression profile.

E. Ershova et al. studied the influence of a water-soluble
fullerene derivative (F828) on serum-starving human embryo
lung diploid fibroblasts HELFs.They found that F828 exerts a
block on genotoxic effect of oxidative stress in serum-starving
HELFs. The decrease in the number of double strand breaks
and apoptosis was maximum at concentrations 0.2–0.25𝜇M,
whereas, at concentrations higher than 0.5𝜇M, excessive ROS
scavenging was accompanied by increased cell death rate.

The problem of the role of reactive species sources in
health anddiseasewas examined by S.DiMeo et al.They, after
examining the cellular localization and supposed involve-
ment of such sources in tissue dysfunction and protection,
examined experimental evidence concerning their harmful
and protective effects in a normal physiological activity, such
as exercise, and in pathologic conditions, such as diabetes and
neurodegenerative diseases.

Some works have faced different problems that are still
united by the oxidative stress impact on various pathological
conditions and the factors involved in the signaling pathways

N. T. Costa et al. evaluated the involvement of TNF-𝛼 and
insulin resistance (IR) in the inflammatory process, oxidative



Oxidative Medicine and Cellular Longevity 3

stress, and disease activity in patients with rheumatoid
arthritis (RA). They demonstrated that IR and TNF-𝛼 are
important factors involved in redox imbalance in patients
with RA which seems to be due to the maintenance of
inflammatory state and disease activity.

S. Vranková et al. studied the effects of NF-kB inhibition
on ROS and NO generation and blood pressure (BP) reg-
ulation in hereditary hypertriglyceridemic rats. They found
that NF-kB inhibition leads to decreased ROS degradation by
SOD followed by increased heart oxidative damage and BP
elevation despite the increase in eNOS protein.

L. Minutoli et al. described the current knowledge on the
role of NLRP3 inflammasome in some organs (brain, heart,
kidney, and testis) after I/R injury, with particular regard to
the role played by ROS in its activation. They conclude that a
definite comprehension of the role of NLRP3 inflammasome
in the host responses to different danger signals is still lacking.

S. Kazemi et al. investigated the effects of the xenoe-
strogenic chemical Bisphenol A (BPA) on hepatic oxidative
stress-related gene expression in rats. Their finding demon-
strated that BPA generates ROS and increases the expression
of HO-1 and Gadd45b genes that cause hepatotoxicity.

A. N. Onyango reviewed the potential pathways of the
endogenous formation of singlet oxygen and ozone, their
relevance to human health, and how dietary factors affect
generation and activity of such oxidants.

E. Gammella et al. described the multifaceted systems
regulating cellular and body iron homeostasis and discussed
how altered iron balance may lead to oxidative damage in
some pathophysiological settings.

X.Wang et al. found that the transcription factor BTB and
CNC homology 1 (Bach1) induces endothelial cell apoptosis
and cell cycle arrest through ROS generation and, conse-
quently, that functional downregulation of Bach1 may be a
promising target for the treatment of vascular diseases.

M. Nita and A. Grzybowski, examining the current
literature, showed that excessive production of reactive oxy-
gen species and oxidative stress play important role in the
pathogenesis of many age-related ocular diseases and other
pathologies of the anterior and posterior eye segment in
adults. ROS stimulate cells’ death via apoptosis process,
participate in the activation of proinflammatory and proan-
giogenic pathways, and are associated with the autophagy
process.

T. R. S. Hamilton et al. evaluated lasting effects of heat
stress-induced oxidative stress on ejaculated and epididymal
spermand found that it leads to rescuable alterations after one
spermatic cycle in ejaculated sperm and also after 30 days in
epididymal sperm.

M. L. Fanjul-Moles and G. O. López-Riquelme exam-
ined the relationships between oxidative stress, circadian
rhythms, and retinal damage in humans, particularly those
related to light and photodamage. Their review highlights
the role of oxidative stress as one of the main causes of age-
related macular degeneration (AMD) etiologies, a disease to
which, in addition to genetic predispositions, at least four
processes contribute: lipofuscinogenesis, drusogenesis, local
inflammation and neovascularization, and immunological
mechanisms.

H. Nagahisa et al. studied structural and functional
changes induced by SOD1 deficiency and their results sug-
gested that muscle is damaged by ROS produced in the
TypeIIx/b fibers of the gastrocnemius muscle, accelerating
the proliferation and differentiation of satellite cells in SOD1
KO mice.

It is our opinion that the articles included in this special
issue, despite dealing with so different topics, represent an
important contribution to the knowledge of the harmful and
beneficial effects of ROS in living organisms.

Sergio Di Meo
Tanea T. Reed
Paola Venditti

Victor M. Victor
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The influence of a water-soluble [60] fullerene derivative containing five residues of 3-phenylpropionic acid and a chlorine addend
appended to the carbon cage (F-828) on serum-starving human embryo lung diploid fibroblasts (HELFs) was studied. Serum
deprivation evokes oxidative stress in HELFs. Cultivation of serum-starving HELFs in the presence of 0.1–1 𝜇M F-828 significantly
decreases the level of free radicals, inhibits autophagy, and represses expression of NOX4 and NRF2 proteins.The activity of NF-𝜅B
substantially grows up in contrast to the suppressedNRF2 activity. In the presence of 0.2–0.25 𝜇MF-828, theDSB rate and apoptosis
level dramatically decrease. The maximum increase of proliferative activity of the HELFs and maximum activity of NF-𝜅B are
observed at these concentration values. Conclusion. Under the conditions of oxidative stress evoked by serum deprivation the
water-soluble fullerene derivative F-828 used in concentrations of 0.1 to 1𝜇M strongly stimulates the NF-𝜅B activity and represses
the NRF2 activity in HELFs.

1. Introduction

Oxidative stress underlies the pathogenesis of some cardio-
vascular, oncologic, and neurologic diseases. Accumulation
of reactive oxygen species (ROS) causes damage to the
cellularDNA. In order tominimize the genotoxic effect, novel
techniques for ROS reduction are under development.

Over the past decade, nanoparticles based on the molec-
ular carbon form known as fullerenes are considered as
promising and efficient ROS scavengers. Fullerenes represent
very hydrophobic substances which are virtually not soluble
in aqueousmedia. In order to improve their solubility, various
substituents are attached to the carbon cage. Using various
model systems, fullerene ability to penetrate through the cell

membrane and efficiently reduce the ROS level was unam-
biguously demonstrated [1–7]. It was revealed that different
types of fullerene-based materials are able to intercept all of
the major physiologically relevant ROS [8].

It is assumed that fullerenes reduce the ROS level not only
due to direct chemical interaction with the reactive oxygen
and nitrogen species, but also by influencing the signaling
pathways, which regulate the ROS level and help the cells
to survive in hostile environment. For example, experiments
with polyhydroxylated fullerenes, also known as fullerenols
[C
60
(OH)n], have shown that C60(OH)

24
can attenuate oxida-

tive stress-induced apoptosis via augmentation of Nrf2-
regulated antioxidant capacity of the cell [9]. Nuclear factor
erythroid 2-related factor 2 (NRF2) is a basic leucine zipper
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redox-sensitive transcriptional factor that plays a key role
in ARE- (antioxidant response element-) mediated induc-
tion of phase II detoxification and activation of antioxi-
dant enzymes. NRF2 mediates a set of adaptive responses
to intrinsic and extrinsic cellular stresses [10]. Fullerene
derivative C

60
(C(COOH)

2
)
3
(C
60
-COOH) was investigated

previously and it was demonstrated that C
60
-COOHpretreat-

ment attenuated the lipopolysaccharide-mediated activation
of nuclear factor- (NF-) 𝜅B and mitogen-activated protein
kinase (MAPK) signaling, as well as the production of proin-
flammatory mediators [11]. Nuclear factor-𝜅B is an essential
transcription factor, which controls the expression of genes
involved in the immune and inflammatory responses. NF-
𝜅B is known to regulate genes involved in apoptosis, cell
proliferation, angiogenesis, and metastasis [12, 13]. The sig-
naling pathways, where Nrf2 and NF-𝜅B factors are involved,
interact in the cells [14, 15]. It is known that activation ofNrf2-
antioxidant signaling attenuates the NF-𝜅B-inflammatory
response and elicits apoptosis [14–16]. It suggests that water-
soluble fullerenes can act as signaling pathway triggers in
the cells, switching on the Nrf2-antioxidant signaling activity
and blocking the NF-𝜅B activity. Such behavior of fullerene
derivativesmight allow their application as therapeutic agents
for reducing the genotoxic effect accompanying oxidative
stress of different origins and as anti-inflammatory agents.

It was previously shown that serum-free cultivation
elicits chronic stress due to increased production of ROS
as compared to the serum-supplemented cultures [17]. The
increase in the production of free radicals is accompanied
by an increase in the population of cells with numerous
DSBs. We also observed an increase in the number of cells
with condensed and fragmented chromatin due to cultivation
in the absence of serum, which is an indicator of ongoing
apoptosis. In the stressed, serum-starving fibroblasts, the
level and activity of the transcriptional factor NF-𝜅B increase
along with elevation of secreted concentrations of TNF𝛼
cytokine, while the NRF2 activity decreases [17]. Thus,
serum-starving HELFs represent a good model to study
water-soluble fullerene-mediated NRF2 induction and NF-
𝜅B activity repression under the conditions of chronic oxida-
tive stress, which provokes double-strand break formation in
the cells. We studied the action of a water-soluble fullerene
derivative F-828 carryingCOOHgroups [18, 19] upon serum-
starving human embryo lung diploid fibroblasts (HELFs).

2. Methods

Chemical synthesis of a water-soluble fullerene derivative F-
828 comprising five residues of 3-phenylpropionic acid and a
chlorine atom arranged around one cyclopentadienyl unit on
the fullerene cage carrying COOH groups was described by
us in detail previously [18, 19].

2.1. Cell Culture. Human embryonic lung fibroblasts were
obtained from the Research Centre for Medical Genetics
RAMS collection. Ethical approval for the use of primary
human cells was obtained from the Committee for Medical
and Health Research Ethics of Research Centre for Medical
Genetics, Russian Academy of Medical Sciences (approval

number 5). Before treatments, HELFs were subcultured with
10% serum at most four times. Cells were cultured in growth
factor containing serum-free medium “Hybris” [20] that
consists of the basal medium and a serum-free supplement
containing purified human albumin and a growth factor
cocktail (http://www.paneco.ru/). The cells were seeded at 5
× 104/3mL of medium and then incubated for 2 h to ensure
their attachment. Various F-828 concentrations were then
introduced and the cells were incubated for 48 h.

2.2. Flow Cytometry (FCA). HELFs were washed in Versene
solution and then treated with 0.25% trypsin, washed with
culturemedia, and suspended in PBS. Staining ofHELFswith
various antibodies was also performed. To fix the cells, they
were treated with paraformaldehyde (PFA, Sigma, 2%, 37∘C,
10min). The fixed cells were washed three times with 0.5%
BSA-PBS and permeabilized with 0.1% Triton X-100 (PBS,
15min, 20∘C) or with 90% methanol (4∘C). Afterwards, the
cells were washed three timeswith 0.5%BSA-PBS and stained
with 1 𝜇g/mL antibodies for 2 h (4∘C) and then again washed
thrice with 0.5% BSA-PBS. Then HELFs were incubated for
2 h (20∘C) with the FITC goat anti-rabbit IgG. To quantify
DNA, cells were treated with propidium iodide (PI) and
RNase A.

The following primary antibodies were used: FITC-
𝛾H2AX (pSer139) (Temecula, California); FITC-Ki-67,
EEA1, PCNA, BECLIN, NRF2, NF-𝜅B (p65), NF-𝜅B (p65)
(pSer529),NOX4, and FITCgoat anti-rabbit IgG (Abcam). To
quantify the background fluorescence, we stained a portion
of the cells with secondary FITC-conjugated antibod-
ies only.

The cells were analyzed using CyFlow Space (Partec, Ger-
many).

2.3. ROS Assays. Cells were analyzed using total fluorescence
assay in the 96-well plate format at 𝜆ex = 488 nm and 𝜆em =
528 nm (EnSpire Equipment, Finland). HELFs were treated
with 5 𝜇MH

2
DCFH-DA (Molecular Probes/Invitrogen, CA,

USA) for 10–60min at 37∘b. The constant of DCF generation
rate was determined as a slope of the signal-time line.

2.4. Fluorescence Microscopy. The images of the cells were
obtained using the AxioScope A1 microscope (Carl Zeiss).
Immunocytochemistry: HELFs were fixed in 2% PFA (4∘C,
20min), washed with PBS, and then permeabilized with 0.1%
TritonX-100 in PBS (15min, 20∘C), followed by blockingwith
0.5% BSA in PBS (1 h, 4∘C), and incubated overnight with
rabbit polyclonal antibody against LC3 (Epitomics, Cam-
bridge, MA), 𝛾H2AX (pSer139), or NF-𝜅B (p65) (Abcam).
After washing with 0.01% Triton X-100 in PBS HELFs were
incubated for 2 h (20∘C) with the FITC goat anti-rabbit IgG,
washed with PBS, and then stained with DAPI or PI.

Nuclear fragmentation was examined by Hoechst 33342
(Sigma). Cells were washed and stained with Hoechst 33342
(10 𝜇g/mL) for 10min at 37∘C.

2.5. Quantification of mRNA Levels. Total mRNA was iso-
lated using RNeasy Mini kit (Qiagen, Germany). After
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the treatment with DNAse I, RNA samples were reverse-
transcribed by Reverse Transcriptase kit (Sileks, Russia).
The expression profiles were obtained using qRT-PCR with
SYBR Green PCR Master Mix (Applied Biosystems). The
mRNA levels were analyzed using the StepOnePlus (Applied
Biosystems); the technical error was approximately 2%. The
following primers were used (Sintol, Russia):

BCL2 (F: GCCTTCTTTGAGTTCGGTGG, R: ATC-
TCCCGGTTGACGCTCT);
BCL2A1 (F: TACAGGCTGGCTCAGGACTAT R:
CGCAACATTTTGTAGCACTCTG);
BCL2L1 (F: CGACGAGTTTGAACTGCGGTA R:
GGGATGTCAGGTCACTGAATG);
BIRC2 (F: GAATCTGGTTTCAGCTAGTCTGG R:
GGTGGGAGATAATGAATGTGCAA);
BIRC3 (F: AAGCTACCTCTCAGCCTACTTT R:
CCACTGTTTTCTGTACCCGGA);
KEAP1 (F: GTGGTGTCCATTGAGGGTATCC, R:
GCTCAGCGAAGTTGGCGAT);
NFKB1 (F: CAGATGGCCCATACCTTCAAAT, R:
CGGAAACGAAATCCTCTCTGTT);
NFE2L2 (F: TCCAGTCAGAAACCAGTGGAT, R:
GAATGTCTGCGCCAAAAGCTG);
NOX4 (F: TTGGGGCTAGGATTGTGTCTA; R:
GAGTGTTCGGCACATGGGTA);
BAX (F: CCCGAGAGGTCTTTTTCCGAG,R:CCA-
GCCCATGATGGTTCTGAT);
TBP (reference gene) (F: GCCCGAAACGCCGAA-
TAT, R: CCGTGGTTCGTGGCTCTCT). Standard
curve method was used for the quantification of RNA
levels.

2.6. Statistics. All the reported results were reproduced at
least three times as independent biological replicates. In flow
cytometry, the median of signal intensities was analyzed.The
figures show the mean and standard deviation (SD) values.
The significance of the observed differences was analyzed
with nonparametric Mann-Whitney 𝑈 tests. 𝑝 values < 0.05
were considered statistically significant andmarked in figures
with (∗). Data were analyzed with StatPlus 2007 professional
software (http://www.analystsoft.com/).

3. Results

The effects of fullerene on human embryonic lung fibroblasts
(HELFs) cultured in serum-freemedia were studied.We used
specially formulated serum-free media “Hybris” containing
a growth factor that allows cells to proliferate even in
the absence of serum [20]. The molecular structure of the
fullerene derivative F-828 comprising five residues of 3-
phenylpropionic acid and a chlorine atom arranged around
one cyclopentadienyl unit on the fullerene cage is shown in
Figure 1. Compound F-828 is well soluble inwater and culture
medium in the presence as well as in the absence of serum.
We used F-828 in concentrations ranging from 0.1 to 2.0 𝜇M

for the analysis of its effects on proliferation of HELFs under
the conditions of chronic oxidative stress induced by serum
deprivation (the model elaborated and reported previously
[17]). The fullerene derivative was added to the medium at
the initial stage of HELF cultivation, which was as long as 48
hours.

We have revealed that aqueous solutions of this fullerene
derivative demonstrate faint dark-red fluorescence when
exposed to UV irradiation (300–400 nm). We used this
property of F-828 for monitoring of its penetration through
membranes and localization in serum-starving HELFs.

3.1. F-828 Penetrates through the Cell Membrane and Accumu-
lates in HELFs. The fullerene localization inside the cell was
visualized as dark-red fluorescent regions observed under the
excitation at a wavelength of 350 nm (Figure 1, unfixed cells).
It has been revealed that F-828 penetrates into the cells under
our cultivation conditions and gets localized mainly in the
area of cytoplasm adjacent to the cell nucleus. Some signals
can be also detected in different areas of the cytoplasm.
However, no F-828 fluorescence can be detected inside the
nucleus. The dark-red fullerene fluorescence can be only
observed in unfixed cells, which were analyzed immediately
after a short wash-off of the slides with PBS. The signal
intensity is considerably reduced when the cells are fixed with
3% paraformaldehyde. The signals completely disappeared
after subsequent washing of the fixed cells with 0.1% solution
of TritonH-100 (Figure 1, fixed cells). One can assume that the
fullerene nanoparticles interact mainly with the membranes
of cells and/or mitochondria. For instance, nanoparticles of
soluble fullerene derivative C

60
(OH)
18–22 were earlier shown

to interact with biomembranes [21]. Therefore, degradation
of membranes as a result of the formaldehyde fixation and
washing them away with a detergent solution also leads
to the removal of fullerene nanoparticles from the cells.
The revealed property of the F-828 nanoparticles to linger
poorly in fixed cells after the cells are rinsed with Triton
X-100 enables analyzing the cells with the use of antibod-
ies labeled with fluorochrome, with no need to anticipate
artefacts emerging due to fluorescence quenching by the
nanoparticles.

3.2. F-828 Reduces Endocytosis in HELFs. Endocytosis is one
of the common ways of delivery of exogenous compounds
into the cell. The formation of novel endosomes is accompa-
nied by an increase in expression of early endosome antigen
1 protein (EEA1), known as an early endosomal biomarker
[22]. FITC-labeled antibodies to EEA1 (Figure 2) were used
in the assay of early endosome quantity in HELFs using
FbA technique.The amount of@@01 protein increases in the
cells under the conditions of serum deprivation.The induced
stress leads to intensification of endocytosis. It is notable that
approx. 60% of the cells demonstrate upregulated expression
of @@01 (gate R, Figure 2(a)). In the presence of 0.1–1𝜇M F-
828 the percentage of the cells with high level of expression
of @@01 decreases. The mean FL1 signal intensity of the cell
is reduced, respectively, by 10–40% (Figure 2(b)).

Thus, the fullerene derivative suppresses endocytosis
proportionally to its concentration in the culture medium.
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Figure 1: F-828 penetrates through the cell membrane and accumulates in HELFs. Optical microscopy image of HELFs treated with F-828
(0.5 𝜇M). VIS: visible light; FL: fluorescence, 𝜆ex = 350 nm. Magnification 40x.

Apparently, the fullerene itself does not penetrate the cells by
means of endocytosis mechanism. Fullerenes are known to
be able to interact efficiently with the cell membranes and to
reach the inner membrane layer due to strongly pronounced
amphiphilic properties of these compounds [21].

3.3. F-828 Has an Effect on HELF Cell Count. Figure 3(a)
shows photographs of HELFs which were cultivated for 48 h
in the presence of 2% FBS, in serum-free “Hybris” medium
as well as in similar media containing also 0.5 𝜇Mand 2.0 𝜇M
F-828. Figure 3(b) presents the dependence of the cell count
in the culture on F-828 concentration in the serum-free
medium.

The cell count values increased approximately by a factor
of 10.3 ± 0.8 in the HELF populations grown in the “Hybris”
media supplemented with 2% FBS, while the growth in the
serum-free media led to a modest increase by a factor of
3.2 ± 0.3. It is rather remarkable that the number of cells was
increased by 50% (𝑝 < 0.01) and became higher than that
of the control experiment when similarly cultured serum-
free cells had been exposed to F-828 (0.2–0.5𝜇M). However,
no effects like that were observed in the presence of larger
concentrations of F-828 (Figure 3(b)). A notable decrease in
the cell counts was observed when using 1.0 𝜇M of F-828.
Moreover, the cells virtually did not divide in the presence
of 2.0 𝜇M F-828 (Figure 3(a)).

Cell count in culture depends on the rates of cell division
and cell death. Therefore, we studied the influence of the
fullerene derivative on the cell cycle and death of cells in order
to explain the obtained results.

3.4. F-828 Affects Proliferative Activity of the HELFs. The cell
cycle-related effects induced by F-828 were studied in HELFs

that were harvested 48 hours after addition of the fullerene
derivative to the media (Figure 4). The cells were stained
with antibodies specific to the proliferation markers Ki-67
and PCNA [23, 24] and enumerated by FCA. Additionally,
the cell populations were also counted after DNA-specific
propidium iodide (PI) treatment. Figure 4(b) shows the
distribution of the cells with various Ki-67 contents. The
serum starvation leads to a decrease in the proliferating cell
fraction as compared to the FBS-supplemented control cells
(Figure 4(b)). When serum-free HELFs were exposed to
0.1–0.25 𝜇M F-828, the fractions of Ki-67-positive cells were
increased as compared to the serum-free HELF controls. On
the contrary, introduction of 0.5–1.0 𝜇M of F-828 resulted in
a decrease in the size of the Ki-67-expressing cell fractions in
serum-free HELFs.

A similar analysis was performed for PCNA. When
cultivating culture medium was augmented with 2% FBS,
the proportion of PCNA-positive proliferating cells increased
as compared to the cultures grown in serum-free media.
When the cells were exposed to 0.1–0.75 𝜇M of F-828,
the proportions of PCNA-positive cells were increased as
compared to the serum-free HELF controls (Figure 4(c)).
An increase in the F-828 concentration resulted in less
pronounced effects. Interestingly, the proportion of PCNA-
positive cells increased when the cells were exposed to 0.5
and 0.75 𝜇M of F-828, thus producing an overall picture,
which is substantially different from that of Ki-67 staining
(Figure 4(b)).

The increase in the HELF proliferative activity in the
presence of small amounts of F-828 is confirmed by the data
on the DNA content in the cells (Figure 4(a)). Fullerene
derivative F-828 used in concentrations of 0.1–0.25𝜇M
induced an increase in the number of cells in the S-phase
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Figure 2: F-828 reduces endocytosis in HELFs. (a) (FCA): the FL1-EEA1 versus SSC plots. Gate R encircles the fraction of HELFs with
elevated values of FL1-EEA1. (b) (FCA): dependence of the median values of FL1-EEA1 signals on the F-828 concentration. Concentrations
of the fullerene derivative F-828 added to the medium are indicated in the graph.

(𝑝 < 0.01). The ratio of the cells in the G0/G1 cycle phase
decreases (𝑝 < 0.05).

Propidium iodide staining for DNA content has revealed
that HELF population grown in serum-free media shows an
increased contribution from the G2/M cells (23% versus 7%
for the medium with 2% FBS), Figure 4(a). An exposure
of the cells to 0.1–0.25 𝜇M F-828 leads to a decrease in the
number of G2/M cells by ∼50%. This fact suggests that low
fullerene concentrations lead to cancelling the G2/M arrest
of a considerable fraction of cells caused by cultivation under
the specified stress conditions. The cells exposed to 0.5–
1.0 𝜇M F-828 show similar proportions of the G2/M cells to
those of control serum-free cells.

3.5. F-828 Shifts the Levels of Autophagy and Death of the
HELFs. Low cellular nutrient levels can activate autophagy,
which acts to restore metabolic homeostasis through the

degradation of macromolecules to provide nutrients. Oxida-
tive stress can boost the autophagy considerably. Autophagy,
in turn, contributes to the reduction of oxidative damage
by consuming the oxidized substances with their subsequent
degradation [25]. Under the conditions of serum starva-
tion stress HELFs demonstrate a significant activation of
autophagy. A protein known as beclin is one of the autophagy
markers. In order to performan assay of this protein, antibod-
ies to beclin and FAC technique were used. The quantity of
beclin in the cells cultivated in the serum-starving medium is
increased by a factor of 2 as compared to the cells cultivated in
the presence of 2% FBS (Figure 5(a)).The introduction of the
fullerene derivative to the culture medium in concentrations
of 0.1–1.0 𝜇M leads to a decrease in the amount of beclin
in the cells by a factor of 1.1–2.0, respectively. We have also
detected autophagosomes (puncta) in the cytoplasm after
immunolabeling with the rabbit polyclonal antibody against
LC3 [26]. The introduction of F-828 to the culture medium
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Figure 3: F-828 has an effect on HELF cell count. (a) Microscopy image of HELFs treated with F-828 (magnification 20x). Top row stands for
serum-free medium; bottom row shows 2% FBS added. Fullerene concentrations are indicated in the figure. Control means fullerene F-828
was not added. (b) Dependence of the cell count in the culture on the F-828 concentration.

at a concentration of 0.5 𝜇M leads to a decrease in the
amount of puncta in the cytoplasm of serum-starving HELFs
(Figure 5(b)). Apparently, F-828 suppresses autophagy in the
serum-starving HELFs.

To evaluate DNA damage degree in treated and control
cells, we quantified the number of cells in the subG1 phase
(Figure 4(a)(2)). Under the stress conditions the subG1 cell
fraction was increased by a factor of 2 compared to the
control cells cultivated in the presence of 2% of serum (8%
versus 4%). The cells exposed to 0.1–0.25𝜇M F-828 showed

decreased contents of the subG1 fraction in comparison with
the control serum-free cells. The cell cultures exposed to
1.0 𝜇M F-828 did not demonstrate further decrease in the
subG1 cell fraction.

We also investigated the appearance of cells exhibiting
nuclear chromatin condensation using fluorescent micros-
copy in order to evaluate the damage degree in treated and
control HELFs (Figure 5(d)). The Hoechst 33342 staining
revealed that approx. 10% of the cells grown in the serum-free
medium show typical morphological hallmarks of apoptosis,
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Figure 4: F-828 affects proliferative activity of HELFs. (a) (FCA): (1): distribution of fluorescence intensities of the cells stained with PI; (2):
shifts of the proportions of cells with an amount of DNA corresponding to the G1-, S-, and G2/M-phases of cell cycle depending on the F-828
concentration in the culturemedium. (b) (FCA): (1): distribution of the cells treated with F-828 according to the FL1-Ki-67 signal strength; (2):
dependence of the median values of the FL1-Ki-67 signals on the fullerene concentration. (c) (FCA): (1): distribution of the cells treated with
F-828 according to the FL1-PCNA signal strength; (2): dependence of the median values of FL1-PCNA signals on the F-828 concentration.
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Figure 5: F-828 shifts the levels of autophagy and mortality of HELFs. (a) (FCA): distribution of the cells treated with F-828 according
to the FL1-BECLIN signal strength; dependence of the median values of FL1-BECLIN signals on the F-828 concentration. (b) (Fluorescence
microscopy): changes in the levels of LC3-positive puncta in theHELFs cells treatedwith 0.5𝜇Mof F-828. (c) (qRT-PCR): changes in the levels
of mRNAs encoding BCL2A1, BCL2, BCL2L1, BIRC2, BIRC3, and BAX in HELFs. (d) (Fluorescence microscopy): morphological changes
in the HELFs nuclei. Cells were stained with Hoechst 33342. Photo: HELFs in serum-free media (1 𝜇M of F-828). Arrows point towards the
cells, whose nuclei were entered by Hoechst 33342. The histogram presents the proportion of the cells with modified nuclei.

including nuclear chromatin condensation. The percentage
of the damaged nuclei decreased when HELFs were exposed
to 0.25 𝜇M F-828. An exposure of the cells to 1.0𝜇M F-
828 produced an opposite effect characterized by an elevated
content of the damaged nuclei.

We analyzed changes in the expression patterns of five
genes belonging to BIRC and BCL families, which partic-
ipate in the antiapoptotic cell response (Figure 5(b)), and
also BAX gene involved in the apoptosis induction. It was
revealed that the level of the BAX mRNA increased in the
presence of F-828. F-828 led to decreased expression of the
antiapoptotic genesBCL2 andBCL2A1 in the cells. In parallel,
the level of expression of the three other antiapoptotic genes,
BCL2L1, BIRC2, and BIRC3, remains the same or becomes
increased. The fact of different regulation of the expression
of antiapoptotic genes in the presence of fullerene requires a
special study.

3.6. F-828 Reduces the ROS Level in Serum-Starving HELFs.
Cultivation of HELFs in a serum-starving medium is known
to result in a notable increase in the ROS level (Figure 6(a)
and [17]). To study the possible influence of the fullerene
on the intracellular ROS levels, the ROS were measured
using dichlorodihydrofluorescein diacetate (H2DCFH-DA)
dye.The experiment was carried out using a plate reader with
a thermocontrolled platform. Figure 6(a) shows the results of
the ROS assay performed on living cells. Figure 6(b) indicates
relative values of the constants determined from the slopes
of the straight lines that approximate dependence of DCF
fluorescence intensity versus time (Figure 6(a)).

Fullerene derivative F-828 added at 0.2–2.0𝜇M sup-
presses the ROS formation in the cells. One can notice two
discrete stair-like steps on the curve showing the dependence
of the DCF formation rate on the fullerene concentration.
When the fullerene concentration increases from 0.1 up to
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Figure 6: F-828 reduces theROS level in serum-starvingHELFs. (a) (Plate reader): the change ofDCFfluorescence depending on the duration
of the cell incubation in the presence of 10𝜇MofH2DCFH-DA. (b) Dependence of the DCF synthesis rate constant in serum-starvingHELFs
on F-828 concentration. A square denotes DCF synthesis rate in the presence of 2% FBS.

0.25 𝜇M, the reaction rate decreases by 60% and then stays
almost constant in the range of concentrations between 0.25
and 0.5 𝜇M. An increase in the fullerene concentration up to
0.75 𝜇M decreases further the DCF production rate by more
than 30%.

There are several possible mechanisms, which can be
responsible for the observed decrease in the ROS level in the
presence of fullerene derivative. For instance, the fullerene
derivative can harvest ROS directly via radical addition
pathway. It is also possible that the fullerene derivative
influences the enzymes and transcription factors responsible
for ROS production and disposal in the cell.

3.7. F-828 Causes a Decrease in the Level of NOX4 Protein in
Serum-Starving HELFs. It has been shown that production
of cellular ROS is related to the action of NAD(P)H-oxidase
type of enzymes, predominantly those encoded by NOX
gene family [27]. NAD(P)H-oxidase 4 (NOX4) has been
recognized recently as a major source of ROS in HELFs and
it was shown to be implicated in the fibrogenic response to
lung injury [28]. In living cells, NOX4 catalyzes the reaction
responsible for the hydrogen peroxide formation.

The level of NOX4 protein was determined in HELFs
using FCA and antibodies specific to NOX4 (Figure 7).
The population of serum-starving HELFs comprises two cell
fractions: one with elevated NOX4 (gate R on the plot of
FL1-NOX4 versus SSC) representing about 60% of the total
amount of the cells and the other with a lower NOX4 content.
For comparison, HELFs cultivated in the presence of 2% FBS
contain just 7% of cells with high level of NOX4 protein.

The mean level of NOX4 protein in HELFs cultivated
under the serum starvation conditions is 3 times higher than
that in the cells grown in the medium containing 2% of FBS
(Figure 7(a)). Interestingly, the rate of DCF production in the
serum-starved cells also appeared to be 3 times higher than
in the control cells, which were cultivated in the presence of
2% of serum (Figure 6).

The addition of F-828 to the serum-free medium in
concentrations of 0.1–1.0𝜇M induced a notable decrease in
the content of NOX4 protein in the cells.Themost prominent
response was observed in the presence of 0.5 𝜇M of F-828
when the average intensity of FL1-NOX4 decreased by 60%
and the fraction of cells with high NOX4 level (gate R)
decreased down to a remarkable value of 2%.

We also analyzed the evolution in the content of NOX4
mRNA in serum-starving HELFs (Figure 7(b)). It has been
revealed that addition of the fullerene derivative to the
medium led to an increase in the NOX4 mRNA content by
a factor of 1.4–1.6 at any of the studied F-828 concentrations
except for 0.1 and 1 𝜇M.This observation suggests thatNOX4
gene expression is regulated presumably at the posttranscrip-
tional level in the fullerene-treated cells.

Finally, we can emphasize that the revealed strong reduc-
tion of the content of NOX4 protein in the cells is one of
the key factors responsible for the decrease of ROS in serum-
starving HELFs in the presence of fullerene.

3.8. F-828 Reduces NRF2 in Serum-Starving HELFs. The
NF-E2 related factor 2 (NRF2) regulates constitutive and
inducible expression of ARE-driven genes through a dynamic
pathway involving nucleocytoplasmic shuttling [29, 30].
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Figure 7: F-828 entails a decrease in the level of NOX4 protein in serum-starving HELFs. (a) (FCA): (1): the FL1-NOX4 versus SSC plots.
Gate R encircles the fraction of HELFs with elevated values of FL1-NOX4; (2): dependence of the median values of the FL1-NOX4 signals on
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Figure 8: F-828 reduces NRF2 in serum-starving HELFs. (a) (FCA): (1): the FL1-NRF2 versus SSC plots. Gate R encircles the fraction of
HELFs with elevated values of FL1-NRF2; (2): dependence of the median values of FL1-NRF2 signals on the fullerene concentrations. (b)
(qRT-PCR): changes in the levels of mRNAs encoding NRF2 and KEAP1 in HELFs.

NRF2 controls ROS production involving mitochondria and
NADPH oxidase [31]. NOX4-NRF2 imbalance is considered
as an origin of pathological fibrosis [28]. NRF2 factor is
expressed in serum-starvingHELFs at the same level as in the
cells growing in the presence of 2% of serum. However, this
factor is not active and it is localized only in cytoplasm of the
serum-starvingHELFs [17]. In the cells cultivated in presence
of serumNRF2 is located in the nucleus.This fact indicates an
activation of NRF2 [17]. The content of NRF2 was measured
using FCA and antibodies specific to NRF2 (Figure 8).

We observed that cultivating HELFs in the serum-
starving medium in the presence of fullerene leads to a
significant decline of NRF2 protein level in the cells (Fig-
ure 8(a)). Using fluorescence microscopy, it was shown that

NRF2 is still located solely in the cell cytoplasm; that is, it
is inactive (data not shown). The observed lowering of the
NRF2 protein content in the serum-starving HELFs in the
presence of fullerene could be considered as a consequence
of a considerable reduction in the level of ROS and NOX4
protein. It was previously shown that intracellular NOX4
reduction was accompanied by a decrease in the amount of
NRF2 transcription factor [32, 33].

We also analyzed the quantity of mRNA encoding NRF2
protein in serum-starving HELFs (Figure 8(b)). The intro-
duction of fullerene derivative to the medium resulted in a
slight decrease in NRF2 mRNA in the whole range of F-828
concentrations involved in our experiments. Presumably, the
regulation of NRF2 gene expression, as well as that of NOX4
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gene, occurs at some posttranscriptional level in serum-
starving cells treated with the fullerene derivative. NRF2 is
known to be negatively regulated by cytoplasmic Kelch-like
ECH-associated protein 1 (Keap1). We observed an increase
in the concentration of mRNA for KEAP1 protein at 0.75 and
1 𝜇M of F-828.

Thus, NRF2 transcription factor is not active in the
serum-starvingHELFs, whichwere cultivated in the presence
of fullerene derivative.Therefore, NRF2 is neither a cause nor
a factor of the observed significant decrease in ROS level in
serum-starvingHELFs cultivated in the presence of fullerene.

3.9. F-828Affects the Content of Phosphorylated FormofH2AX
Histone in Serum-Starving HELFs. One of the methods of
revealing the DNA DSBs is based on the fact that a highly
conservative histone protein (H2AX) is phosphorylated at
the residue of serine 139 in the site where the development
of DNA break starts with the participation of ATM, ATR,
and DNA-PK kinases [34]. The reaction rapidly propagates
engaging hundreds to thousands of molecules of H2AX,
which can comprise up to several megabases of the chro-
matin DNA flanking the DSB site. Bounds with the labeled
antibodies and phosphorylated histones called 𝛾H2AX foci
are available for visualization in the cellular nucleus; their
accumulation in great amounts indicates the beginning of the
development of apoptosis in the cellular population.

The image of the fixed serum-starving HELFs stained
with FITC-labeled antibodies specific to 𝛾H2AX is shown in
Figure 9(a). The performed analysis revealed three types of
cells: those without any label (3, Figure 9(a)), cells with small
quantity of 𝛾H2AX (2), and those with a large number of
overlapping spots due to the labeled 𝛾H2AX (1). FCA proce-
dure (Figure 9(b)) also allowed us to find areas corresponding
to these three cell fractions on the FL1 (𝛾H2AX), SSC plot.
R1 fraction (12% of the entire population) is represented
by the cells with a high content of 𝛾H2AX, R2 fraction
(39%) corresponds to the cells with a lower 𝛾H2AX content,
and R3 fraction represents the cells, which have no 𝛾H2AX
(51%). Thus, almost a half of serum-starving HELFs express
detectable amounts of 𝛾H2AX.

The R1 fraction consists of the cells with a very high
gamma-focus level. Apparently, they are cells undergoing
apoptosis. In the presence of serum, the R1 fraction size
reduces significantly from 12% down to 4%.

We registered elevation of the average number of 𝛾H2AX
in the cells by a factor of 1.8–2.2 in the presence of 0.1, 0.5,
0.75, and 1.0 𝜇M of the fullerene derivative (Figure 9(b)(2)).
When the concentration of F-828 was equal to 0.2 or 0.25 𝜇M,
the average number of 𝛾H2AX in the cells was decreased by
a factor of 1.5–2.0. One can notice in the histogram shown in
Figure 9(b) that the cell counts corresponding to R1 and R2
fractions considerably decreased.

3.10. Exposure of the Cells to F-828 Stimulates an Increase in
the Activity of NF-𝜅B Factor. HELFs express relatively low
amounts of NF-𝜅B when they are grown in the presence
of 2% serum [17]. The factor is inactive and located solely
in cytoplasm. It can be assumed that serum contains some
molecule(s) that strongly inhibit(s) NF-𝜅B activation [35].

In serum-starving cells, the level of NF-𝜅B (p65) increases
to a substantial degree along with the translocation of NF-
𝜅B (p65) closer to the nucleus [17, 35]. Thus, the serum-
starving stress induces the NF-𝜅B activity in the cells. It is
well known thatNF-𝜅B (p65) is activated by phosphorylation,
which plays a key role in the regulation of its transcriptional
activity and is associated with nuclear translocation of the
factor [36]. Flow cytometry was applied for quantification of
HELFs that contain phosphorylated Ser529 (p65) [17]. It has
been shown that serum-starving entails a substantial increase
in the proportion of the cells that contain phosphorylated
Ser529 in p65, thus confirming that the transcriptional factor
is active in these cells.

The introduction of the fullerene derivative F-828 in
concentrations of 0.1–1.0𝜇M provokes a 2- to 3-fold increase
of total p65 protein amount, while the content of its phos-
phorylated formSer529 (p65) becomes 2.5 to 3.5 times higher.
Themaximumeffect of F-828was observed at a concentration
of 0.25𝜇M (Figures 10(c) and 10(d)).

The elevation of a65 protein is also confirmed by fluores-
cence microscopy (Figure 10(b)). The fluorescence intensity
of HELFs nuclei stained with antibodies specific to a65 gets
considerably increased when the cells are cultivated in the
presence of fullerene. It is notable that the protein in this case
is located only in the cell nuclei.

4. Discussion

Here we studied the influence of water-soluble fullerene F-
828 on human embryo lung fibroblasts cultivated under the
conditions of chronic oxidative stress. The oxidative stress
in HELFs was induced by serum deprivation. It is known
that cell cultivation in a serum-starving medium drastically
boosts the ROS production, particularly in mitochondria
[37].

Previously, we described in detail the changes occurring
in theHELFs cell culture under serumdeprivation conditions
[17]. Deficiency of nutrients in the environment slows down
the cell proliferation and increases the proportions of SubG1/
G0, G2/M, and apoptotic cells. Additionally, the number of
double-strand DNA breaks grows up considerably in the
cells. Intensification of endocytosis is observed in the cells
as a response towards low-nutrient environment conditions.
Elevated endocytosis is accompanied by a high level of @@01
protein, which is a marker of early endosomes (Figure 2).

The induction of oxidative stress is promoted by increased
NOX4 gene expression leading to few times higher con-
centrations of the corresponding protein than those in the
control cells (Figure 7). At the same time, the activity
of transcription factor NRF2 is blocked. The level of this
protein, which is the master switch of the cellular antioxidant
response, is decreased, andmoreover all the protein is located
in cytoplasm. In the control cell culture cultivated in the
presence of 2% serum, this factor is active and located in the
cell nuclei [17]. An imbalance between the elevated NOX4
gene expression and blocked NRF2 activity is a specific
feature of this model system.

Oxidative stress can also stimulate autophagy, which is a
cellular process used to recycle the cytoplasmic components.
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Figure 9: F-828 shifts the content of phosphorylated form of H2AX histone in serum-starving HELFs. (a) (Fluorescence microscopy, ×40):
cells were processed for immunofluorescence staining with anti-𝛾H2AX antibody and PI. Detected types of nuclei are denoted with digits: 1:
nucleus with multiple dsDNA breaks; 2: nucleus with a few dsDNA breaks; 3: nucleus without gamma-foci. (b) (FCA): (1): the FL1-𝛾H2AX
versus SSC plots. Gates R1, R2, and R3 encircle the fractions of HELFs with various content of 𝛾H2AX. (2): changes of the proportions of
three cell fractions in the HELF cell pool depending on the F-828 concentration.

Certain cellular stresses including nutrient depletion are
known to induce autophagy [38]. Autophagy induced in
the serum-starving HELFs is reflected in a twice higher
concentration of autophagy marker Beclin 1 and higher
number of LC3 puncta than in the control cells (Figures
5(a) and 5(b)). Recently, autophagy and Nrf2 were shown to
be interconnected via a direct interaction between p62 (an
autophagy adaptor protein) and Keap1 (the Nrf2 substrate
adaptor for the Cul3 E3 ubiquitin ligase). Dysregulation of
autophagy was shown to result in prolonged Nrf2 activa-
tion in a p62-dependent manner [39]. In the case of the
investigated system (serum-starving HELFs), the elevated
autophagywas followed by the expected decrease in theNRF2
activity.

Serum-starving stress is known to enhance the NF-𝜅B
activity in the cells [17, 35]. Activation of NF-𝜅B can prevent
cell death and promote cell growth. We also found that
the serum-starving HELFs demonstrated elevated contents
of total protein a65 and its active phosphorylated form
compared with HELFs cultivated in the presence of 2% FBS.
The observed localization of NF-𝜅B in cell nuclei confirms its
activation. It was revealed previously that NF-𝜅B- and Nrf2-
pathways can intersect [14–16]. Generally, an activation of
either factor entails blocking the activity of the other one.
Indeed, the factor NF-𝜅B is considerably activated, while the
activity of NRF2 is blocked in serum-starving HELFs.

Considering the chemical structures of b
60
fullerene one

can assume that this compound might demonstrate high
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Figure 10: F-828 promotes an increase in the activity of NF-𝜅B. (a) (qRT-PCR): changes in the levels of mRNAs encoding NF𝜅B1 in HELFs.
(b) (Fluorescent microscopy): photo of the cells stained with anti-p65 (FITC) antibodies and DAPI, ×40. (c) (FCA): (1): the FL1-NF-𝜅B (p65)
versus SSC plots. Gate R encircles the fraction of HELFs with elevated values of FL1-NF-𝜅B (p65). (2): dependence of the median values
of FL1-NF-𝜅B (p65) signals on the fullerene concentration. (d) (FCA): (1): the FL1-NF-𝜅B (pSer529) versus SSC plots. Gate R encircles the
fraction of HELFs with elevated values of FL1-NF-𝜅B (pSer529). (2): median values of the FL1-NF-𝜅B (pSer529) signals as a function of the
fullerene concentration.
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antioxidant capacity. The ability of the fullerene to bind and
neutralize ROS directly can lead to the reduction of the ROS
level in the serum-starving HELFs and improvement of cell
culture’s viability. Indeed, serum-starving HELFs appeared to
be very sensitive to the low fullerene concentrations (0.2 to
1.0 𝜇M), which indeed decreased the ROS level remarkably.
The most pronounced effects were observed at a F-828
concentration above 0.5𝜇M(Figure 6). It is rather remarkable
that the fullerene derivative not only binds ROS directly, but
also affects signaling pathways involved in ROS production
and scavenging. In particular, introduction of F-828 reduced
the level of the NOX4 protein (Figure 7(a)).

The fullerene derivative reduced even to a greater extent
the content of NRF2 factor, which is the master switch of
antioxidant response (Figure 8(a)). These findings are very
distinct from the previous report where a mixture of water-
soluble fullerenols was shown to increase the activity of
NRF2 factor [9]. It was assumed that C

60
(OH)
24

attenuates
oxidative stress-induced apoptosis via augmentation of Nrf2-
regulated cellular antioxidant capacity [9]. We have also
shown that a decrease in the NRF2 activity is accompanied
by reduced autophagy as concluded from the evolution of the
Beclin 1 and LC3 puncta content in the cells. This is rather
unexpectable result, which warrants further investigations. It
was shown previously that suppression of autophagy under
the stress conditions is accompanied by an activation of
NRF2-signaling pathway [39, 40].

The observed fullerene-induced decrease of ROS level
in serum-starving HELFs considerably enhances the cell’s
viability. For instance, a 1.5-fold increase in the cell count was
observedwhen F-828was introduced in the culture of serum-
starving HELFs in concentrations of 0.2–0.5 𝜇M. This effect
is caused by both enhancement of proliferative activity of the
cells and lowering the level of the cell death. An exposure
to F-828 at concentrations of 0.2 and 0.25𝜇M showed the
minimum double-strand DNA break occurrence and the
lowest cell mortality. It is notable that these positive effects
were less pronounced at all the other concentrations of the
fullerene derivative F-828 we used in the tests. Considerable
improvement in the viability and survivability of the serum-
starving HELFs in the presence of fullerene F-828 was
accompanied by even more pronounced effects such as a
strong increase in the activity.

It is important to note that elevated survival rate of serum-
starving HELFs can be observed at F-828 concentrations
from 0.2 up to 0.5 𝜇M. At these fullerene concentrations,
the ROS level found in serum-starving HELFs decreased
down to the level registered in control cells (2% FBS). More
effective ROS scavenging at a concentration of F-828 higher
than 0.5 𝜇M resulted in an increased cell death rate in
comparison with the rate found in serum-starving HELFs
without fullerene. A decrease in ROS level is accompanied
by a decrease in the level of NF-𝜅B factor and an increase in
the number of DSBs and in the dead cell count. The findings
suggest that even in oxidative stress conditions surplus ROS
elimination may be associated with a decrease in the cell
survival rate. The harmful effect could be due to a different,
ROS-unrelated mechanism(s). This interesting fact warrants
further investigation.

Additional Points

Highlights

(i) The influence of a water-soluble [60] fullerene deriva-
tive (F-828) used in concentrations of 0.1 𝜇M to
1 𝜇M on serum-starving human embryo lung diploid
fibroblasts (HELFs) was studied.

(ii) Within a range of concentrations between 0.2 𝜇Mand
1 𝜇M F-828 induced a decrease in the ROS level in
HELFs.

(iii) In concentrations of 0.2–0.25𝜇M F-828 enhanced
proliferation of HELFs and decreased the DSB rate
and apoptosis level.

(iv) F-828 strongly stimulated NF-𝜅B activity in serum-
starving HELFs.

(v) F-828 repressed NRF2 activity and NOX4 expression
in serum-starving HELFs.

(vi) In concentrations higher than 0.5 𝜇M F-828 induced
excessive ROS scavenging that resulted in an
increased cell death rate as compared to the rate in
serum-starving (stressed) HELFs without fullerene.
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There is significant evidence that, in living systems, free radicals and other reactive oxygen and nitrogen species play a double
role, because they can cause oxidative damage and tissue dysfunction and serve as molecular signals activating stress responses
that are beneficial to the organism. Mitochondria have been thought to both play a major role in tissue oxidative damage and
dysfunction and provide protection against excessive tissue dysfunction through several mechanisms, including stimulation of
opening of permeability transition pores. Until recently, the functional significance of ROS sources different from mitochondria
has received lesser attention. However, themost recent data, besides confirming themitochondrial role in tissue oxidative stress and
protection, show interplay between mitochondria and other ROS cellular sources, so that activation of one can lead to activation of
other sources. Thus, it is currently accepted that in various conditions all cellular sources of ROS provide significant contribution
to processes that oxidatively damage tissues and assure their survival, through mechanisms such as autophagy and apoptosis.

1. Introduction

The existence of free radicals, known in chemistry since the
beginning of the 20th century [1], was discovered in biological
systems in 1954 [2]. In the same year, Gerschman et al.
proposed that the noxious effects of hyperbaric oxygen and X
irradiation had a commonmechanismwhich involved radical
and nonradical species, resulting from partial reduction of
oxygen [3]. Soon after, Harman suggested that these species,
at present referred to as reactive oxygen species (ROS), might
play a role in the aging process [4].

Progress in the free radical knowledge occurred in 1969
when the enzyme superoxide dismutase (SOD) was isolated
[5]. The SOD discovery inspired a large number of studies,
which contributed to the knowledge of the ROS, even though
for several decades they were thought to cause exclusively
damaging effects. This view was mainly supported by the
finding that ROS readily react with most biological macro-
molecules, causing their oxidative modification, ultimately

resulting in the loss of their function [6]. Actually, ROS
include species, such as the hydroxyl radical (∙OH), whose
reactivity is so high that it reacts very close to its site of
formation [7], and other species, such as superoxide (O

2

∙−)
and hydrogen peroxide (H

2

O
2

), which are less reactive
(Table 1). Thus, nitrogen containing species, which are now
indicated as reactive nitrogen species (RNS), include nitric
oxide (NO∙), which is relatively unreactive, and its derivative
the peroxynitrite (ONOO−), a powerful oxidant, able to
damage many biological molecules [8].

Nonetheless, ROS were considered as one of the key
players in tissue injury, if occurring in organisms with a
system of biochemical defenses to neutralize the oxidative
effects of ROS [9], but the balance between ROS generation
and antioxidant system activity is slightly tipped in favor of
the ROS so that, in living systems, there is a continuous low
level of oxidative damage. Moreover, when a greater imbal-
ance occurs in favor of the ROS, oxidative stress ensues [10].
Oxidative stress is a phenomenon which was related to the
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Table 1: Main reactive oxygen (ROS) and nitrogen (RNS) species.

Radicals

O
2

∙− Superoxide anion
∙OH Hydroxyl
NO∙ Nitric oxide
NO
2

∙ Nitrogen dioxide

Nonradicals
H
2

O
2

Hydrogen peroxide
HOCl Hypochlorous acid

ONOO− Peroxynitrite

development of many pathological conditions. Pathologies
where ROS were identified as causal factors include cardio-
vascular disease, diabetes, rheumatoid arthritis, cancer, and
neurodegenerative disorders [11] and the use of exogenous
antioxidants was proposed for their treatment [12].

The finding that ∙OH radical stimulated formation of
cyclic guanosine monophosphate (cGMP) [13] led to an
opposing view about the ROS role in biological systems. Since
then, it became clear that living systems not only adapted to a
coexistence with free radicals but also developed methods to
turn these toxicants to their own advantage utilizing them in
critical physiological processes.This view has been supported
by the observation that, at the cellular level, ROS regulate
growth, apoptosis, and other signaling, while, at the system
level, they contribute to complex functions, including blood
pressure regulation, cognitive function, and immune func-
tion [14]. It has also been shown that whereas accumulation
of oxidative damage results in organism death [15], several
longevity-promoting interventions increase generation of
ROS that activate stress responses that are beneficial to the
organism and extend lifespan [16].

Like ROS, RNS play a dual role since they can be either
harmful or beneficial to living systems. Nitric oxide, early
identified as a signaling molecule in blood vessel modulation
[17] and now known as a regulator of important physiolog-
ical processes [18], can mediate cellular toxicity damaging
metabolic enzymes and generating, by reaction with super-
oxide, peroxynitrite [19].

Although the role of ROS andRNS in cellular damage and
signal transduction is well-established, several controversial
questions remain open. At low concentrations, ROS and RNS
play an important role as regulatory mediators in signaling
processes, whereas, at moderate or high concentrations,
they are harmful for living organisms inactivating important
cellular molecules. This suggests that the concentrations of
reactive species determine the shift from their advantageous
to detrimental effects, but the concentrations to which this
shift happens are not generally known. Moreover, given the
wide range of possible targets and the general reactivity of
cellular oxidants, it is unclear how any specificity in their
opposite actions can be achieved. It has been suggested
that contributing factors may include cell type, duration
of oxidant production, reactive species produced, and the
localization of their source and their targets [20], but our
information about such amatter is still scarce and discordant.
For example, it has often been assumed that mitochondria
are the main cellular source of ROS in physiological and

pathological conditions [21], so that these organelles have
been thought to play a crucial role in several human diseases
and aging [22]. However, in the light of available data it
seems that evidence thatmitochondria are themain source of
cellular ROS is lacking [23]. The issue is complicated by the
existence of a strong interaction among the various sources
of ROS generation in the cell [24, 25], whichmakes it difficult
to establish what source of reactive species plays a main role
in different physiological and pathological conditions.

To contribute to the understanding of the role of reactive
species sources in health and disease, the present review, after
examining the cellular localization and supposed involve-
ment of such sources in tissue dysfunction and protection,
examines experimental evidence concerning their harmful
and protective effects on a normal physiological activity, such
as exercise, and on pathologic conditions, such as diabetes
and neurodegenerative diseases.

2. Cellular ROS and RNS Sources

In the living organisms, ROS are generated in several cellular
systems localized on the plasma membrane, in the cytosol,
in the peroxisomes, and on membranes of mitochondria and
endoplasmic reticulum (Figure 1).

2.1. ROS Production in the Cytosol. Several soluble cell com-
ponents, including thiols, hydroquinones, catecholamines,
and flavins, can contribute to intracellular ROS production
as they are able to undergo redox reactions [26]. Moreover,
several cytosolic enzymes produce ROS during their catalytic
activity. Probably the most studied ROS producing enzyme
is xanthine oxidase (XO). In healthy tissues, the enzyme
catalyzing oxidation of hypoxanthine to xanthine and xan-
thine to uric acid is xanthine dehydrogenase (XDH), which
uses NADP+ as an electron acceptor. Conversely, in damaged
tissues, by either reversible oxidation of cysteine residues
or irreversible Ca2+-stimulated proteolysis, the enzyme is
converted from the dehydrogenase form into the oxidase
form, which transfers electrons to molecular oxygen produc-
ing the superoxide radical during xanthine or hypoxanthine
oxidation [27].

2.2. ROS Production by Mitochondria. In aerobic cells, mito-
chondria are necessary for numerous fundamental functions,
including respiration and oxidative energy production, regu-
lation of the intracellular calcium concentration, and control
of the fatty acid 𝛽-oxidation.

For a long time, mitochondria have only been considered
for their role in energy production.They utilize about 95% of
the oxygen assumed from aerobic animals to obtain energy
by oxidizing substances contained in food by transfer of
electrons to electron carriers such as NAD+, FMN, and
FAD.The reduced forms of these molecules, in turn, transfer
electrons to the components of the respiratory chain and
finally to oxygen in a process which happens in a series of
subsequent steps, so that the energy, resulting by the fall in the
electron potential energy, is gradually released. In the process,
several redox centers, in great part organized in four protein
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Figure 1: Cellular sources of ROS production. Subcellular organelles and structural and soluble cell components all contribute to production
of a wide variety of reactive species (modified from Venditti et al. [116], with permission).

complexes inserted in the inner mitochondrial membrane,
are involved [28]. Complexes I and II transfer electrons to the
lipid-soluble carrier ubiquinone. From this, the electrons pass
through Complex III, cytochrome c (another mobile carrier),
and Complex IV, to the oxygen. The fall in electron potential
energy is used to pump protons from the mitochondrial
matrix to the intermembrane space, thus setting up a proton-
motive force [29]. The process by which such a force drives
protons back into the matrix through the mitochondrial
ATP synthase leading to ATP synthesis is named oxidative
phosphorylation [30].

2.2.1. Respiratory Chain. It has now been about 50 years since
mitochondrial H

2

O
2

production in the presence of respira-
tory substrates was first recorded [31], followed shortly after
by the detection of mitochondrial generation of superoxide
radical anion [32]. The discovery that electron-transfer along
the innermitochondrialmembrane carriers is associatedwith
formation of ROS suggested the mitochondrial involvement
in degenerative processes linked to several diseases and aging.

The primary ROS generated within mitochondria by
univalent autooxidation of electron carriers is O

2

∙− [33],
which is converted by mitochondrial SOD into H

2

O
2

, which
can be turned into ∙OH radical via the Fenton reaction:

H
2

O
2

+ Fe2+ → ∙OH +OH− + Fe3+ (1)
The main sites involved in mitochondrial ROS produc-

tion are localized at Complexes I and III [34]. However,
succinate dependent ROS production by Complex II from
rat skeletal muscle [34] and glycerol 3-phosphate dependent
production by Complex II from several rat tissues [35] have
also been reported.

To date, the relative importance of each mitochondrial
site to ROS production is still controversial, partly due to

utilization of different assays, substrates [36], and sources
of mitochondria [37]. On the other hand, the localization
of the generators is important for establishing ROS effects
since it determines if O

2

∙− is produced in the mitochondrial
matrix or in the intermembrane space.Thus, both generators
of Complex I and Complex III release O

2

∙− into the matrix
where it can damage mitochondrial DNA, whereas Complex
III generator also releasesO

2

∙− into the intermembrane space,
where it has easier access to the cytosol [36]. In their classic
work, Boveris et al. [38] reported that H

2

O
2

production by
isolated livermitochondriawas about 1-2%of the total oxygen
consumption during State 4 respiration and decreased during
State 3 respiration.However, lower values, around 0.1–0.2% of
the total oxygen consumption, have subsequently been found
[39].

2.2.2. Other Mitochondrial Sites of ROS Production. Exper-
iments with isolated enzymes or mitochondria have shown
ROS production by several oxidoreductases located in mito-
chondrialmembranes [40], whose contribution tomitochon-
drial ROS production is, however, unknown. They include
monoamine oxidases, which produce H

2

O
2

at rates that,
in brain mitochondria, may be higher than those of other
mitochondrial sources [41]; dihydroorotate dehydrogenase,
which in vitro, in the absence of coenzyme Q, its natural elec-
tron acceptor, can produce H

2

O
2

[42]; 𝛼-glycerophosphate
dehydrogenase, which has been reported to produce H

2

O
2

in mouse [37] and rat [34] mitochondria oxidizing glycerol-
3-phosphate; succinate dehydrogenase, which produces ROS
when isolated and incorporated in liposomes in the absence
of coenzyme Q [43]; and 𝛼-ketoglutarate dehydrogenase
complex, which has been found to generate both O

2

∙− and
H
2

O
2

in isolated mouse brain mitochondria [44].
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2.3. ROS Production by Peroxisomes. Although peroxisomes
have long been known as organelles involved in cellular
metabolismofH

2

O
2

[45], it is now clear that they are involved
in several metabolic pathways [46]. Important functions per-
formed by peroxisomes include fatty acid𝛽- and 𝛼-oxidation,
amino acid and glyoxylate metabolism, and synthesis of
lipidic compounds [47], and most enzymes catalyzing these
processes produce ROS during their activity [48].

Early studies indicated that about 35% of the peroxide
formed in rat liver is derived from peroxisomal oxidases [38].
Moreover, the observation that about 20–60% of the H

2

O
2

generated inside peroxisomes diffused to the surrounding
medium demonstrated that H

2

O
2

can readily cross the
peroxisomal membrane. The peroxide diffuses through the
Pxmp2 channel permeable to small solutes [49], even though
H
2

O
2

generated by urate oxidase localized in the peroxisome
core can be directly released in the cytosol through crystalloid
core tubules [50]. In any case, it is apparent that, despite high
content of catalase (CAT), peroxisomes are unable to prevent
the H

2

O
2

release.
Peroxisomes also contain xanthine oxidase [51] and the

inducible form of nitric oxide synthase (see below) [52],
which produce O

2

∙− and NO∙, respectively. Because such
species react rapidly forming ONOO and H

2

O
2

gives rise
to ∙OH radicals via Fenton reaction, peroxisomes are a
potential source of such highly reactive species. Because, if
uncontrolled, ROS andRNS are very damaging, peroxisomes,
in addition to catalase, contain other antioxidant enzymes
[50]. However, in the light of their capacity to produce
membrane permeant reactive species, such as H

2

O
2

and
NO∙, it is highly likely that, under some physiological or
pathological conditions, peroxisomes may act as a source of
H
2

O
2

and NO∙ in living cells [50].

2.4. ROS Production by Endoplasmic Reticulum. The endo-
plasmic reticulum (ER) is involved in multiple functions,
such as synthesis, folding, and transport of Golgi, lysosomal,
secretory, and cell-surface proteins [53], calcium storage [54],
lipid metabolism, and, in some cell types, drug detoxification
[55].

Smooth endoplasmic reticulum presents a chain of elec-
tron transport, constituted by two systems devoted to xeno-
biotic metabolism and introduction of double bonds in fatty
acids, which are also able to produce ROS. Another micro-
somal system, which shares this ability, provides oxidative
protein folding.

2.4.1. Xenobiotic Metabolism. Themetabolism of xenobiotics
generally occurs in two phases. Phase I reactions introduce
a polar group in a lipophilic substrate (AH) using O

2

and a
reducing agent (RH

2

):

AH +O
2

+ RH
2

→ AOH + R +H
2

O (2)

In the reaction, known as a monooxygenase reaction, it is
involved in a system constituted by a flavoprotein (NADPH-
cytochrome P450 reductase) and cytochromes known collec-
tively as cytochromes P450 (CYPs).

The Phase II reactions are conjugation reactions in which
an endogenous molecule is added to the Phase I reaction
product or sometimes directly to the xenobiotic.

In whole, the process detoxifies xenobiotics converting
them into species that are more water soluble and easier to
excrete in urine or can be conjugated with substances which
make their urinary or biliary excretion further easier.

The membranes of the endoplasmic reticulum system
were recognized as a source of H

2

O
2

in 1957 by Gillette et al.
[56] that assumed that the NADPH-cytochrome c reductase
might be the microsomal H

2

O
2

generator. However, it was
subsequently reported that O

2

∙− [57] and H
2

O
2

[58] could be
formed by decay of two intermediates of the catalytic cycle.

Themicrosomal cytochrome P450-dependent monooxy-
genase system is one of the major producers of ROS in the
liver cell [59]. Indeed, estimates performed using NADPH
as substrate indicated that microsomes contribute to H

2

O
2

production in rat liver by 45% [38].

2.4.2. Unsaturated Fatty Acid Production. Inmost organisms,
unsaturated fatty acids are produced by desaturases, which
convert a single bond between two carbon atoms in a fatty
acyl chain into a double bond [60]. In the ER system,
which allows for fatty acid desaturation, cytochrome b5
acts as an electron-transfer component, with two possible
modes of action. First, desaturation can be carried out by
a multienzyme system, composed of desaturase, NADH
cytochromeb5 reductase, and cytochromeb5. In the reaction,
cytochrome b5 transfers electrons by lateral diffusion, from
NADH cytochrome b5 reductase to the desaturase which
introduces carbon-carbon double bonds into fatty acids using
one molecule of O

2

and forming two molecules of H
2

O [61].
Secondly, many desaturases are modular proteins that are
composed of desaturase and cytochrome b5 modules [62].
The fusion of the desaturase and cytochrome b5 domains
makes the NADH cytochrome b5 reductase able to directly
transfer electrons to the catalytic site of the cytochrome
b5 fusion desaturases via the cytochrome b5-like domain
without the requirement of an independent cytochrome
b5 [63]. This can increase the rate of electron-transfer by
presenting a correctly oriented heme group with respect to
the dioxo-iron cluster, eliminating the need for diffusion and
reorientation of the reduced cytochrome b5 [63].

The two electron transport systems do not act indepen-
dently of each other and cytochrome b5 may play a role
in the NADPH-dependent oxidation of xenobiotics. Indeed,
cytochrome b5 exhibits a positive action on cytochrome P450
monooxygenase reaction, which is due to the transfer of the
second of the two electrons necessary for molecular oxygen
activation to cytochrome P450 [64]. This transfer makes the
catalysis faster and reduces the time for formation of side
products, such as H

2

O
2

and O
2

∙− [64]. Recently, it has also
been demonstrated that NADH cytochrome b5 reductase
can leak electrons to O

2

to make O
2

∙− and this can be an
additional source of O

2

∙− in vivo [65].

2.4.3. Protein Folding. Most proteins synthesized in ER are
stabilized by formation of intramolecular disulfide bonds,
process that requires oxidation of free sulphydryl groups.
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The feasibility of protein oxidative folding in intraluminal ER
milieu is ensured by an oxidized (GSSG) to reduced (GSH)
glutathione ratio higher than that within the cytosol [66].The
formation of disulfide bonds in proteins is driven by protein
disulfide isomerase (PDI), a member of the thioredoxin
family, and endoplasmic reticulum-resident protein (Ero1p),
which is tightly associated with FAD moiety [66]. Ero1p
functions as an oxidase for PDI: oxidizing equivalents flow
from Ero1p to substrate proteins via PDI, through direct
dithiol-disulfide exchange between PDI and Ero1p [67].

The process of oxidative protein folding uses molecular
oxygen as the source of oxidizing equivalents. Indeed, Ero1p
transfers electrons from PDI to molecular oxygen by a
FAD-dependent reaction, resulting in ER protein folding-
induced oxidative stress [68]. By theoretical calculation, it
was estimated that protein thiol oxidation via PDI and Ero1
could account for up to 25% of cellular ROS produced during
protein synthesis [69].

2.5. ROSProduction by PlasmaMembrane. Theplasmamem-
brane is involved in several cellular processes such as cell
adhesion, ion conductivity, and cell signaling. It is also a
key site of free radical reactions because it is generally
exposed to an oxidizing environment. ROS, which in tissues
could be generated from dysfunctional cells [70], cause
oxidative damage of membrane components unless efficient
antioxidant systems are operative.The increase in membrane
permeability, caused by oxidation of lipids or structurally
important proteins, can result in a decrease in transmem-
brane ion gradients, loss of secretory functions, and inhibi-
tion of cellular metabolic processes.

Free radicals can be produced during the conversion
of arachidonic acid into products, such as prostaglandins,
thromboxanes, and leukotrienes, by membrane associated
enzymes such as lipoxygenase and cyclooxygenase [71]. Such
enzymes metabolize arachidonic acid released from mem-
brane phospholipids via phospholipase A2 activity and gen-
erate ROS as by-products during arachidonic acid oxidation.

However, the main source of ROS is represented by
O
2

∙− production by the membrane-bound enzyme NADPH
oxidases. O

2

∙− production by the phagocyte enzyme is a well-
known phenomenon, which helps to kill bacterial intruders
[72].

The phagocyte NADPH oxidase is composed of two
membrane proteins gp91phox (cytochromeb558 heavy chain,
later designated as NOX2, which is the catalytic subunit of
the enzyme) and p22phox, three cytosolic proteins p67phox,
p47phox, and p40phox, and a small GTP binding protein
Rac [73]. In resting cells, the enzyme is dormant, and its
components are distributed between the cytosol and plasma
membrane. Bacterial infection induces translocation of the
cytosolic components to the phagosome membrane where
they associate with cytochrome b558 and give rise to the
catalytically active NADPH oxidase [73].

The presence of NOX2 homologs was firstly suggested
by the observation that O

2

∙− is produced in a NADPH-
dependent manner in nonphagocytic cells, in which NOX2
is not expressed [74]. To date, five NOX isoforms (NOX1,

NOX2, NOX3, NOX4, and NOX5) and two related enzymes,
DUOX1 andDUOX2, have been reported andmost, if not all,
isoforms were targeted to cellular membranes.

TheNOXproteins constitute the only enzyme family with
the sole function of producing ROS. These proteins have
different regulation and specific subcellular localization and
generate distinct ROS [75]. NOX1, present in smooth muscle
cells and other vascular cells, NOX2, present in endothelial
and phagocytic cells, andNOX3, found in the brain and inner
ear, generate O

2

∙−. NOX4, constitutively expressed and active
in vascular smooth muscle and endothelial cells, is respon-
sible for the basal production of H

2

O
2

. NOX5, identified
in human immature lymphatic tissues and endothelial cells,
producesH

2

O
2

in aCa2+ dependent fashion.TheDUOX1 and
DUOX2, originally isolated from the thyroid, produce H

2

O
2

that oxidizes iodide during thyroid hormone synthesis.
The phagocyte NADPH oxidase, when activated, gener-

ates quantities of O
2

∙− and H
2

O
2

accounting for a significant
fraction (10–90%) of total oxygen consumption of neu-
trophils, macrophages, and microglia, but the contribution
of such and other NADPH oxidases to total cellular ROS
production in resting or during activation is less clear [23].

It has also been reported that arachidonic acid [76] and
its metabolites generated by lipoxygenase [77] and cyclooxy-
genase [78] stimulate the generation of ROS by NOXs, thus
revealing the existence of an interconnecting signaling system
between eicosanoids and NOXs.

2.6. ROS Production by Lysosomes. Although lysosomes are
involved in several functions, until recently they were consid-
ered as pure sites for terminal degradation ofmacromolecules
[79].

On rat livermembranes, flavins, ubiquinone, and a b-type
cytochrome [80] form a functional electron transport system,
starting with the donor NADH and ending to acceptor
O
2

through the sequence FAD→cytochrome b→ubiquinone
[81]. The role of this redox chain is to support proton accu-
mulation within lysosomes [81] to maintain an optimal pH
for the acidic hydrolases [79]. The electron transport chain
appeared to give rise to ∙OHradical, which required the trans-
fer of three electrons to molecular oxygen, whereas O

2

∙− was
not detected.This does not exclude the intermediate existence
of O
2

∙−, because the acid pH-milieu inside lysosomes favors
spontaneous dismutation of O

2

∙− to H
2

O
2

, which is cleaved
by intralysosomal ferrous iron into ∙OH [82].

2.7. RNS Production. NO∙ is produced from the metabolism
of the amino acid, L-arginine. The enzymes catalyzing this
process, known as nitric oxide synthases (NOS), convert L-
arginine into L-citrulline and NO∙ by a 5-electron oxidation
of a guanidine nitrogen of L-arginine [83].

To date, three isoforms of nitric oxide synthase have been
identified. Two isoforms, neuronal NOS (nNOS; type I NOS)
and endothelial NOS (eNOS; type III NOS), are expressed
constitutively and regulated by the interaction of Ca2+ with
calmodulin [84]. The other isoform, inducible-NOS (iNOS;
type II NOS), is induced in response to infection, inflamma-
tion, or trauma and is not regulated byCa2+ because it forms a
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complex with calmodulin at very low concentrations of Ca2+
[84].

NO∙ generated by the NOS isoforms located in different
cell types plays different roles. NO∙ generated by nNOS
in neurons serves in communication between nerve cells,
whereas the free radical generated by iNOS in macrophages
and smooth muscle cells contributes to their killing mech-
anism, and NO∙ generated by eNOS in endothelium, brain,
and heart relaxes blood vessels and maintains normal blood
pressure [84].

The subcellular distribution of NOS is dynamically reg-
ulated so that the enzymes are exposed to different concen-
trations of ROS depending on where in the cell they are
localized. For example, eNOS is mainly found in plasma
membranes of cardiac and endothelial cells and, in both cells,
it is localized at the caveolae of the sarcolemma andT tubules,
where it is associated with caveolin, the structural protein of
caveolae [85]. However, as a result of different stimuli, eNOS
shuttles between caveolae and distinct intracellular sites and
it is likely that the selective movement of eNOS serves to
determine specific responses to the agonists [86].

Interestingly, the study of the subcellular localization of
iNOS showed that during sepsis a substantial amount of the
enzyme of the rat hepatocytes localizes to peroxisomes [52],
but subsequently it was found that only monomeric iNOS
is associated with peroxisomes. Peroxisomal iNOS could be
reactivated in vitro, but it had a lower specific activity than
iNOS in the soluble pool [87]. Thus, uncoupled or deficient
iNOS may be targeted to the peroxisome, even though it
is possible that iNOS plays a role in the regulation of per-
oxisomal function. Furthermore, there is growing evidence
supporting the existence of mitochondrial NOS (mtNOS)
and its involvement in the regulation ofmitochondrial as well
as cellular functions in several tissues [88].

Some functions of NO∙ in signaling and regulation of
cell function are performed through cGMP-independent
pathways including those involving mitochondria [89]. At
physiological concentrations, most mitochondrial effects of
NO∙ are exerted on the respiratory chain. First, NO∙ com-
petes with O

2

for the binding site at the binuclear center
of cytochrome 𝑐 oxidoreductase, leading to a reversible
inhibition of cytochrome 𝑐 oxidase activity [90]. Secondly,
NO∙, reactingwith respiratoryComplex III, inhibits electron-
transfer and enhances O

2

∙− production [91]. NO∙ also gives
rise to protein nitrosation, reacting reversibly with the nucle-
ophilic centers in protein thiol residues [92], and mitochon-
dria, treated with NO∙ donors, exhibit S-nitrosation and
inhibition of Complex I [93]. Moreover, the reaction of NO∙
with O

2

∙−, which is formed by the mitochondrial respiratory
chain, leads to the switch from reversible inhibition of
cellular respiration by NO∙ to the pathological inhibition of
mitochondrial function by ONOO− [94].

3. Role of ROS Sources in Oxidative Stress and
Tissue Dysfunction

Tissue oxidative damage and consequent dysfunction shown
in various pathological conditions depend on increased

cellular production of ROS and RNS or on impaired removal
of such species. Extensive information is available on mito-
chondrial ROS production and its relationship with mito-
chondrial oxidative damage and dysfunction. Because mito-
chondria are required for oxidative energy production and
multiple biosynthetic reaction pathways in aerobic cells, it is
understandable that a disturbance of mitochondrial function
can lead to impaired cell function and development of several
pathologies [22].

However, the larger available information and relevance
ofmitochondrial function for cell viability do notmakemito-
chondria the main source responsible for tissue dysfunction
in conditions of oxidative stress. Indeed, even increases in
reactive species production by other cellular sources can
cause cellular alterations. On the other hand, available data
about ROS and RNS production have mostly been obtained
using isolated organelles or cellular cultures and, until
recently, the direct measurement of ROS in living systems
remained difficult due to the lack of adequate methodology.
The recently introduced fluorescent protein-based probes for
H
2

O
2

and GSH/GSSG redox state [95] will likely facilitate
reliable organelle-specific ROS measurements, but presently
we are not able to provide a well-founded answer to the
question concerning the role played by the various sources
of reactive species in tissue dysfunction.

3.1. Mitochondria. Normally, the rate of mitochondrial ROS
generation is rather low and results in minimal damage,
because mitochondria have a highly efficient antioxidant
defense system able to scavenge a large number of the
ROS produced. However, in several circumstances, high
rates of ROS production occur, so that a substantial part of
oxidantsmay escape the scavenging systems and compromise
important mitochondrial functions. Moreover, even though
it is extremely unlikely that ∙OH radicals can be released by
mitochondria, oxidative damage to components of cytoplasm
and other cellular structures can result from mitochondrial
leakage of other ROS, such asH

2

O
2

that is able to readily cross
mitochondrial membranes and reach such structures where,
in the presence of Fe2+ ligands, it can generate ∙OH radical.

Information on the role of an increased ROS production
in decline of mitochondrial function and cellular derange-
ment is supplied by experimental work dealing with myocar-
dial ischemia-reperfusion (IR) injury.

Myocardial ischemia occurs when myocardial oxygen
demand exceeds oxygen supply. Unless reversed, this sit-
uation results in irreversible tissue injury and myocardial
infarction. Although restoration of blood flow is necessary
to salvage ischemic tissues, it may create another form of
myocardial damage, termed “reperfusion injury” [96], which
is partly due to the generation of toxic oxygen radicals [97].

Initially, O
2

∙− was postulated to be the species responsible
[98], but now it is clear that the several ROS and RNS are
involved in reperfusion injury [99]. ROS are produced in
reperfused myocytes from several sources, including xan-
thine oxidase, NADPH oxidase, andmitochondria. ROSmay
be produced by xanthine oxidase which is activated during
hypoxia [98]. NADPH oxidases account for an important
part of the ROS formed during ischemia-reperfusion [100].
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However, there is now strong evidence that mitochondrial
ROS generation plays a critical role in damaging cellular
components and initiating cell death.

The proposal that the respiratory chain is a major source
of ROS during reperfusion of ischemic myocardium [97]
was supported by the observation that a generation of
oxygen radicals was induced in vitro upon reoxygenation of
mitochondria isolated from hearts that had been subjected to
ischemia [101]. Further support was obtained demonstrating
by electron paramagnetic resonance that resumption of
mitochondrial oxidative phosphorylation upon postischemic
reflow can be a source of oxygen radicals in intact rabbit
hearts [102].

Because mitochondrial ROS generation depends on the
degree of reduction of the autoxidizable electron carriers,
the increased reduction of the respiratory chain associated
with ischemia promotes ROS generation upon the respiration
resumption. It was proposed that ROS generation is induced
by interaction with ubisemiquinone, which accumulates in
mitochondria during ischemia because of respiratory chain
inhibition [103]. This ROS generation ends rapidly when
the mitochondrial components of the respiratory chain are
reoxidized.However, it is long-lastingmitochondria that have
accumulated large amounts of reducing equivalents, so that
the severity of reperfusion-induced oxidative damage and
mitochondrial dysfunction should increase with ischemia
duration. In fact, it was determined that mitochondrial
function impairmentwas enhancedwhen coronary occlusion
periods increased [104] and mitochondria lipid peroxidation
increased gradually with ischemia duration [105]. These
changes were well related to a gradual decline in mito-
chondrial respiration, which reflected damage to electron
transport chain components. It was also shown that, after
reperfusion of ischemic heart, functional recovery of the
tissue was inversely correlated to mitochondrial derange-
ment [105], supporting the idea that heart performance is
strongly conditioned bymitochondrial functionality. Further
support was provided by the observation that the antiox-
idant protection of mitochondrial function was associated
with decreased impairment of cardiac function following
ischemia-reperfusion [106]. Thus, mitochondria are a site
of reperfusion-induced oxidative damage, whose severity
increases with ischemia duration.

It is likely that mitochondrial oxidative damage and dys-
function is due to ∙OH radicals produced within mitochon-
dria.These oxyradicals are highly reactive, short-lived species
and are expected to cause damage at or near the site of
formation.Therefore, they may inactivate components of the
respiratory chain, enzymes of theKrebs cycle, and othermito-
chondrial proteins, leading to mitochondrial dysfunction.

NOS stimulation [107] and inhibition of mitochondrial
function by both NO∙ [108] and ONOO− [109] upon ische-
mia-reperfusion were reported, suggesting that the reduction
in mitochondrial respiration induced by ischemia-reper-
fusion also depends on increased RNS production.

RNS involvement in reperfusion-linked alteration in
mitochondrial and tissue function was demonstrated study-
ing ischemia-reperfusion in the presence of the NOS inhib-
itor, N𝜔-nitro-L-arginine (L-NNA) [110]. Indeed, L-NNA

improved heart functional recovery and mitochondrial res-
piration protecting mitochondria from the oxidative and
nitrosative damage.

3.2. Strengthening of Mitochondrial Oxidative Damage. In
light of the aforementioned results, the mechanism which,
during reperfusion, causes tissue damage and dysfunction
appears to be a positive feedback loop. Indeed, the con-
comitance of reflow-mediated perturbations, such as NOS
activation and increased ROS production, strengthens mito-
chondrial damage and dysfunction thus leading to increased
tissue derangement. Furthermore, there is evidence that
other mechanisms, involving mitochondria, are able to alter
the tissue susceptibility to stressful conditions, leading to
pathological consequences.

A mechanism of ROS production strengthening is the
process named ROS-induced ROS release (RIRR) [111].
RIRR is generated by circuits requiring mitochondrial mem-
brane channels, including nonspecific mitochondrial chan-
nels called the mitochondrial permeability transition (MPT)
pores [112] and the inner membrane anion channel (IMAC)
[113].

A condition that leads to RIRR is the exposure to high
oxidative stress resulting by an increase in ROS that reaches a
threshold level that triggers the opening of MPT pore. Under
oxidative stress, mitochondrial Ca2+ overload takes place,
which depresses mitochondrial function [114] and triggers
several processes, including MPT pore opening [111]. This, in
turn, causes collapse of mitochondrial membrane potential
and transient increase in ROS generation [111]. In addition to
ROS effects in mitochondria where the RIRR is originated,
the ROS release into cytosol, which seems to occur through
IMAC [115], can lead to RIRR activation in the neighboring
mitochondria. ROS trafficking between mitochondria could
constitute a positive feedback mechanism for enhanced ROS
production potentially leading to significant mitochondrial
and cellular injury.

Although externally generatedO
2

∙− andH
2

O
2

can readily
cross mitochondrial membranes, it is likely that H

2

O
2

is the
messenger molecule leading to whole cell RIRR because of
its longer lifetime in the cytosol and higher permeability
in membrane lipids [116]. In addition, it is conceivable that
a phenomenon similar to RIRR can also depend on NO∙.
Indeed, NO∙ diffuses frommitochondria to cytosol, as well as
from cytosol tomitochondria, a process calledmitochondria-
cytosol NO∙ cross talk [117]. Within mitochondria, NO∙ is
able to act as an inducer of permeability transition [118],
through a direct effect on theMPT pore and an indirect effect
secondary to oxidative phosphorylation inhibition [119].

Excess oxidants may also augmentmitochondrial ROS by
upregulating the expression of the lifespan regulator, the 66-
kDa isoform of growth factor adaptor Shc (p66Shc) protein,
which has been implicated in the development of aging and
aging-related diseases [120]. The protein resides mainly in
the cytosol [121], with a small fraction localized in the mito-
chondrial intermembrane space [122]. The protein is kept by
thioredoxin (TRX) 1 and glutathione in the inactive reduced
state. However, stress factors, including ROS, can increase the
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expression of the protein that is activated by thiol oxidation
which causes a dimer-tetramer transition [123]. Activated
p66Shc translocates to the mitochondrial intermembrane
space where it associates with cytochrome c producingH

2

O
2

,
which can trigger MPT pore opening [121]. The importance
of p66Shc in vivo has been demonstrated by observation
that knockout of p66Shc increases lifespan, reduces H

2

O
2

generation, and enhances survival to oxidant stress [120].
Mitochondrial ROS production can be increased by

mitochondrial fission. As it is known, mitochondrial shape
can be modified by fusion and fission, resulting in elongated,
interconnectedmitochondrial networks and fragmented, dis-
continuous mitochondria, respectively [124].

Specific changes in mitochondrial shape suggest that
morphology and function of mitochondria are closely linked,
so that loss of fusion or division activity results in dysfunc-
tionalmitochondria [125]. An explanation for the importance
of mitochondrial fusion could be the need for exchange of
intermembrane space and matrix contents between mito-
chondria, so that defects and transient stresses may be
partially buffered. On the other hand, mitochondrial division
should create organelles of the appropriate size for transport
along actin or microtubule networks [125].

The fission process seems to have a remarkable impact
on ROS metabolism. Indeed, it seems that oxidative stress
causes mitochondrial fragmentation via differential modula-
tion ofmitochondrial fission-fusion proteins [126], leading to
reduced respiratory capacity and enhanced ROS production
[127]. It has also been suggested that changes in mitochon-
drial network structure provide an example of ROS-mediated
ROS generation where ROS play a role in mitochondrial
fission to augment ROS generation from restructured mito-
chondria [128].

NO∙ appears to play opposite roles in mitochondrial
fission-fusion. Indeed, it may enhance mitochondrial frag-
mentation and cell death in neurodegenerative diseases by its
effects on dynamin-related protein-1 (Drp1), which promotes
mitochondrial fission [129]. In myogenesis, NO∙ has the
opposite effect promoting the fusion of mitochondria into an
elongated network by inhibiting Drp1-mediated fission [130].

3.3. Other Cellular ROS Sources. Until recently, the functional
significance of ROS sources different from mitochondria has
received lesser attention. However, in recent years, greater
attention has been turned to the potential role of ROS
produced by outer sources in cell signaling and dysfunction.

Moreover, there are reasons to think that ROS, released
by mitochondria, interact not only with other mitochondria
but also with other sources of ROS. It is now apparent that
there is a substantial interplay between ROS sources, so that
activation of one can lead to activation of the others, resulting
in RIRR that further increases ROS production and oxidative
stress (Figure 2).

3.3.1. Peroxisomes. Normally, peroxisomes display mecha-
nisms to maintain the equilibrium between production and
scavenging of ROS, but in some situations antioxidant system
capacity is overwhelmed. One such situation is the increase in

peroxisome numbers stimulated by a heterogeneous class of
chemicals, known as peroxisome proliferators, whose effects
are mediated by peroxisome proliferator activated receptors
(PPARs) which belong to the family of nuclear transcription
factors [131]. Whereas the expression of the genes of the lipid
𝛽-oxidation, particularly of acyl-CoA oxidase, is induced 10–
30-fold depending on compound and dosage, the catalase
does not exceed 1-2-fold induction [132]. The disproportion-
ate increase of H

2

O
2

-generating oxidases in comparison to
H
2

O
2

-scavenging catalase was suggested to be responsible for
oxidative stress leading to the development of hepatic tumors
in rodents treated with peroxisome proliferating compounds
[133].

The central event in the carcinogenesis seems to be the
activation of PPAR𝛼, because PPAR𝛼−/− mice, fed a diet
containing a potent nongenotoxic carcinogen, are refractory
to both peroxisome proliferating effect and carcinogenesis
[134]. This is consistent with resistance to the carcinogenic
effect of peroxisome proliferators of primates and humans,
which have low hepatic levels of PPAR𝛼 [135].

Peroxisomes rely heavily on cross talk with other subcel-
lular organelles, notably mitochondria, to further metabolize
the end products of their metabolism [136]. Peroxisomes
and mitochondria also share an intricate redox sensitive
relationship [137] and seem to cooperate in the maintenance
of cellular ROS homeostasis. It has been suggested that when
mitochondrial H

2

O
2

generation increases and the system
constituted by glutathione peroxidase (GPX) and glutathione
reductase (GR), limited by GSH andNADPH levels, is unable
to cope with the increased H

2

O
2

, the peroxide that escapes
across the mitochondrial membrane may be degraded by
catalase in the peroxisomes [138].

Actually, the very high content of catalase inside peroxi-
somes suggests that these organelles may serve as an intracel-
lular sink for H

2

O
2

. This idea is supported by the finding that
overexpression of catalase in pancreatic islets of transgenic
mice produces a marked protection of islet insulin secretion
against H

2

O
2

[139]. However, other studies indicate that
peroxisomes represent a potential source of oxidative stress,
causing cell damage or modulating redox sensitive pathways
[140], and disturbances in peroxisomal redox metabolism
lead to mitochondrial oxidative stress [141]. For example,
human fibroblasts treated with a catalase inhibitor not only
exhibit high levels of cellular H

2

O
2

, protein carbonyls, and
peroxisomal numbers but also increase mitochondrial ROS
levels and decrease mitochondrial aconitase activity and
inner membrane potential, demonstrating that peroxisome
oxidative imbalance elicits oxidative damage throughout the
cell and in particular to mitochondria [142]. Peroxisome dys-
function also has a profound impact on mitochondrial func-
tion, as demonstrated by the observation that Pex5p (peroxi-
somal cycling receptor) knockoutmice possess increased lev-
els ofmitochondria, which show structural abnormalities and
alterations in the expression and activity of respiratory chain
complexes [143]. Mitochondrial oxidative phosphorylation
is also impaired, with consequent increase in mitochondrial
ROS generation, in X-linked adrenoleukodystrophy, themost
common peroxisomal disorder [144].



Oxidative Medicine and Cellular Longevity 9

Peroxisome

GPX

GPX

ATP

I Q III

II

IV

Respiratory chain
ADP

NADH

SOD

Endoplasmic reticulum

H2O

H2O2 H2O

O2

O2
e− e−

4e−

H2O2

H2O

H2O2

H2O2

H2O2H2O2

H2O2

H2O2

NAD+

O2
∙−

F0

F1

Figure 2: ROS propagation amongmitochondria and other ROS sources.Mitochondrial ROS production can cause collapse ofmitochondrial
membrane potential and increase in ROS generation. ROS produced in only small number of mitochondria can influence neighboring
mitochondria and other cellular organelles, eventually propagating the ROS surge to the whole cell (modified from Venditti et al. [116],
with permission).

3.3.2. Endoplasmic Reticulum. ROS production in endoplas-
mic reticulum is normally neutralized by antioxidant system
components, but in some conditions there is an excessive
production of ROS leading to oxidative stress. An example
is provided by the accumulation of unfolded and misfolded
proteins in the ER lumen, a condition called ER stress,
which has been associated with several diseases, such as
neurodegenerative disorders, stroke, bipolar disorder, cardiac
disease, cancer, diabetes, and muscle degeneration [145].

It is well documented that only properly folded proteins
can be exported to the Golgi apparatus for further modifica-
tion and translocated to their destined sites, while misfolded
or incompletely folded proteins are retained in the ER [146].

ER stress can be due to extracellular stimuli and changes in
intracellular homeostasis, including ER Ca2+, glycosylation,
energy stores, redox state, and expression of proteins that are
prone tomisfolding. In response to ER stress, cells activate an
adaptive response, the unfolded protein response (UPR), to
resolve the protein folding defect.TheUPR attenuates protein
synthesis to reduce protein load, induces ER chaperone genes
to accelerate protein folding, anddegradesmisfolded proteins
by the ER-associated degradation (ERAD) machinery [24].
However, whenER stress is too severe or prolonged, processes
need to be elicited to remove overstressed cells [147].

The ER protein folding homeostasis and ER redox state
are closely linked since disulfide bond formation in the ER
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lumen is highly sensitive to altered redox balance so that both
reducing and oxidizing reagents disrupt protein folding and
cause ER stress [148]. During oxidative protein folding, the
thiol groups on cysteines of substrate peptides are oxidized
and H

2

O
2

is generated as a by-product. During ER stress,
dysregulated disulfide bond formation and breakagemay lead
to oxidative stress by generating large amounts of H

2

O
2

and
depleting ER GSH [149].

Studies have indicated that ROS, produced in the ER
during ER stress, subsequently caused mitochondrial dys-
function, impairing the respiratory chain, and increase mito-
chondrial ROS production particularly when ER stress is
severe or sustained. Indeed, the increase in ROS levels causes
a Ca2+ influx from the ER into the cytoplasm through the
ER-localized channels and a large portion of the ion is taken
up by the mitochondria resulting in ROS production [145].
Mitochondrial ROS can in turn increase further the ER stress
response thereby amplifying ROS accumulation [150]. Thus,
it seems that the ER is placed in a vicious cyclewhere ER stress
can be caused by oxidative stress and increases the perturbed
redox state. This process is likely favored by the existence
of close ER-mitochondria contacts [151], which facilitate the
ROS shift between organelle compartments.

ROS production can also be amplified when exposure
to a variety of foreign compounds, such as phenobarbital
(PB), increases the P450 levels. Induction by PB causes
proliferation of the smooth endoplasmic reticulum with
incorporation of the structural gene products (the P450s) into
microsomal membrane [152]. In rat liver, increases in P450
levels, microsomal and mitochondrial protein content, and
alteration of mitochondrial composition were reported [153].
PB-induced increase in P450 levels enhances H

2

O
2

produc-
tion by NADPH-supplemented liver microsomes [154] and
gives rise to an increase in peroxidative reactions, involving
the whole cell [153].

Although these results suggest a damaging role of P450
induction in hepatic tissue, a consequence of the high rates
of production of ROS by P450 is its own labilization and
subsequent rapid inactivation. Indeed, ROS, generated by
some cytochrome P450 forms, are able to lead to oxidative
inactivation of the P450 themselves modifying apoenzymes
or oxidizing the heme groups. Attack on sulfur-containing
amino acids results in the conversion of P450 into P420 [155],
whereas attack on the heme moiety leads to its breakdown
and loss of microsomal P450 [156]. Such a loss was observed
during microsome catalytic turnover under the action of
oxygen species generated at the hemoprotein active center
[157]. The cytochrome P450 self-inactivation is important
in situations in which increases in P450 levels occur due to
uptake by the organism of enhanced amounts of xenobiotics.

Although P450 induction serves to help “detoxication”
of xenobiotics, it can be considered an adaptive response
that has survival value for the organism, as it can also
increase “toxification” [158]. First, cytochrome P450 gener-
ates toxic chemically reactive intermediates from relatively
unreactive compounds. Moreover, because cytochrome P450
inducibility is generally higher than the conjugating enzyme
inducibility [159], there is a potential imbalance between
the rate of generation of chemically reactive intermediates

and their rate of inactivation and removal. The reactive
metabolites that are not conjugated and the ROS released by
P450may attack proteins, membrane components, or nucleic
acids, leading to cytotoxicity, mutations, and cancer [160].
Therefore, P450 inactivationmay be considered amechanism
to prevent cellular accumulation of high levels of the enzyme.
Moreover, it appears to be part of a concerted adaptive
response to oxidative stress, consisting of repression of ROS-
generating systems and induction of antioxidant defenses, as
observed in human hepatoma HepG2 cell lines, expressing
CYP2E, the ethanol-inducible cytochrome P450 [161].

3.3.3. Lysosomes. Lysosomes contain the major pool of low
mass redox-active intracellular iron, arising from the intral-
ysosomal degradation of iron-containing proteins, such as
ferritin, and iron-rich organelles, such as mitochondria
[162]. Iron accumulation predisposes lysosomes to oxidant-
induced damage and rupture with consequent cellular injury.
Indeed, someH

2

O
2

, formed outside the organelles and escap-
ing the extralysosomal degradation, can diffuse into lyso-
somes and, together with that formed directly in the lysos-
omes, can generate ∙OH radicals by Fenton reaction. The
ensuing oxidative damage on the lysosomalmembranes leads
to membrane permeabilization with release to cytosol of
hydrolytic enzymes and low mass iron. This can relocate to
other cellular sites, causing site-specific ∙OH production and
oxidative damage in conditions of H

2

O
2

production.
It seems that H

2

O
2

formation and lysosomal destabiliza-
tion are important for the radiation-induced cellular injury
and death [163], which for a long time have been considered
to depend on ∙OH formation due to radiolytic cleavage
of water. Indeed, radiation, besides ∙OH radicals, produces
significant amounts of H

2

O
2

[164], which can enter the
lysosomal compartment and cause membrane permeabiliza-
tion. Employing a model of irradiated murine histiocytic
lymphoma (J774) cells [163], it was found that the cells
irradiated twice demonstrated progressive lysosomal damage
from 2 h after the second irradiation, which in turn resulted
in extensive cell death [163]. Irradiation-induced lysosomal
disruption and cell death were significantly reduced by incu-
bation with desferrioxamine conjugated with starch which
forms a stable complex with iron and renders the metal
inactive [163]. The protective effect of iron chelators against
ionizing radiation damage was subsequently confirmed on
several cell lines previously exposed to salicylaldehyde isoni-
cotinoyl hydrazone, a lysosome targeted iron chelator [165].

3.3.4. NADH-Oxidase. Although multiple sources of ROS
during ischemia-reperfusion have been identified, convinc-
ing evidence supports NADPH oxidases as important con-
tributors to oxidant generation in several tissues, including
cardiac tissue [166]. However, depending on the phase of IR
injury, NADPH oxidases can be either detrimental or pro-
tective, shown to have a double-edged role. Low ROS levels
are cardioprotective in pre- and postconditioning therapies,
while high ROS levels are deleterious and lead to cardiomy-
ocyte death [167]. In addition to the ROS level, the types
of NOX expressed in cardiomyocytes and their localization
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are also important in determining the cell fate. In cardiomy-
ocytes, threeNOXs are expressed,NOX1 andNOX2, predom-
inantly localized to the plasmamembrane, and NOX4, which
is constitutively active and is localized on the intracellular
membranes of organelles [168]. Although the role of NOX
isoforms in ischemia-reperfusion has not yet clarified, a study
showed that deleterious effects of NOX1 and NOX2 occurred
during reperfusion phase in agreement with the idea that
oxygen supply during reperfusion provides substrate for
NOX-mediated ROS generation [169]. Moreover, indications
were also obtained that NOX2 generated higher levels of ROS
than NOX1, leading to direct myocardial damage [169].

Several examples of interplay betweenmitochondrial and
NOX-derived ROS have been reported [170]. In the whole,
they suggest the presence of a feedforward cycle in which
NADPH oxidases increase mitochondrial ROS that further
activate cytoplasmic NADPH oxidases and increase cellular
ROS production.

The NADPH oxidase involvement in the ROS-induced
ROS production is very well documented. For example,
exposure of smoothmuscle cells and fibroblasts to exogenous
H
2

O
2

activates these cells to produce O
2

∙− via a NADPH oxi-
dase [171]. This mechanism could help to explain why micro-
molar concentrations ofH

2

O
2

cause oxidant-mediated injury
to many different types of cells during chronic oxidative
stress. Moreover, H

2

O
2

-induced NADPH oxidase activation
in nonphagocytic cells could be an important mechanism by
which the degree of oxidative stress, as well as the subsequent
cellular damage, is amplified during inflammatory disorders.

It was also observed that endothelial levels of xanthine
oxidase, a source of H

2

O
2

and O
2

∙−, depend on NADPH
oxidase [172].The study of the mechanism showed that H

2

O
2

was able to induce transformation of xanthine dehydrogenase
into xanthine oxidase [173]. The observation that increase in
O
2

∙− production was a late effect of cell exposure to H
2

O
2

suggested that the peroxide not only stimulated conversion
of xanthine dehydrogenase into xanthine oxidase but also
activated the NADPH oxidase, leading to prolonged H

2

O
2

production and sustained xanthine dehydrogenase conver-
sion [173].

4. ROS as Signaling Molecules

ROS are now appreciated as signalingmolecules that regulate
a wide variety of physiological functions. Indeed, they play
crucial roles in gene activation [174], cellular growth [175],
and modulation of chemical reactions in the cell [176]. They
also participate in blood pressure control [177], are mediators
in the biosynthesis of prostaglandins [178], function in
embryonic development [179], and act as signalingmolecules
within the individual cell and among cells during their
lifespan [180].

An important development in the field of ROS beneficial
effects was the discovery that, in organisms from simple
bacteria to complex mammals, ROS are able to induce redox
sensitive signal cascades leading to increased expression of
antioxidant enzymes. The increase in effectiveness of the
antioxidant defense system provided by this genetic response

enables cells to survive an oxidant exposure that would
normally be lethal.

Inmammals, gene transcription determining cell survival
can be activated by ROS in two ways: either via transcription
factors, which can interact directly with specific DNAmotifs
on promoters of target genes, or via activation of mitogen-
activated protein kinase cascades, which in turn activate
transcription factors that trigger target gene transcription
[181].

There are two ideas concerning the mechanism by which
ROS initiate cellular signaling, namely, modification of target
protein molecules and changes of intracellular redox state
[182], even though the distinction between them is not easy.

While ROS, such as ∙OH, may cause irreversible damage
to macromolecules with low specificity, the main target of a
mild oxidant, such asH

2

O
2

, is thiol groups of protein cysteine
residues. Oxidation of these residues forms reactive sulfenic
acid (-SOH) that can form disulfide bonds with nearby
cysteines (-S-S-) or undergo further oxidation to sulfinic
(-SO
2

H) or sulfonic (-SO
3

H) acid.Thesemodifications result
in changes in structure and/or function of the protein. With
the exception of sulfonic acid and to a lesser degree sulfinic
acid the modifications are reversible by reducing systems
such as thioredoxin and peroxiredoxins [183].

The cytosol redox state is normally achieved by the
“redox-buffering” capacity of intracellular thiols, such as
GSH and thioredoxin, which counteract cellular oxidative
stress by reducing H

2

O
2

. The high ratios of reduced to
oxidized forms are maintained by the activity of GSH reduc-
tase and TRX reductase, respectively. Accumulating evidence
suggests that GSH and TRX participate in cell signaling
processes. GSH can regulate redox signaling by alterations
both in the level of total GSH and in the ratio of its reduced to
oxidized forms, while TRX can regulate the activity of some
proteins by directly binding to them [182].

Whatever the mechanism by which ROS initiate cell
signaling, there is increasing evidence that ROS cellular levels
are strongly linked to the regulation of cellular antioxidant
levels. A well-known example of this phenomenon is Nrf2.
This transcription factor regulates the expression of several
antioxidant and detoxifying genes by binding to promoter
sequences containing a consensus antioxidant response ele-
ment [184]. In turn, the subcellular localization and hence
activity of Nrf2 are at least in part regulated by its interaction
with specific reactive cysteine residues on an inhibitory
protein called Keap1 [185].

Interestingly, ROS not only are involved in the regulation
of the expression of antioxidant genes but also interact
with critical signaling molecules such as MAP kinases, PI3
kinase, PTEN, and protein tyrosine phosphatases, to initiate
signaling in several cellular processes, including proliferation
and survival [186].

4.1. ROS Role in Protection against Tissue Excessive Dysfunc-
tion. An enhanced ROS production in a cellular site can
involve further ROS production by other cellular sources
giving rise to a self-destructive phenomenon as well as the
propagation of a fire in a room containing inflammable
material. If, as in the fire example, it occurs to confine the
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more dangerous focuses and, above all, avoid that the fire
reaches the other rooms and the entire house catches fire,
the cell exposed to oxidative stress should be equipped with
mechanisms able to avoid its death or that of surrounding
cells, which should lead to excessive tissue dysfunction.

Several results indicate that ROS-linked mechanisms
are operative to provide tissue protection against excessive
dysfunction, in which mitochondrial systems seem to play a
major role.

4.1.1. Mitoptosis. High mitochondrial ROS production trig-
gers opening of the MPT pore leading to potentially signif-
icant mitochondrial and cellular injury. However, in many
cases mitochondrial swelling due to megachannel opening
is a signal for programed mitochondrial destruction [187], a
phenomenon called mitoptosis [188], which was proposed to
represent a line of the antioxidant defense [70].

It is well-established that the mitochondrial population
is heterogeneous with regard to its characteristics because it
consists of fractions with different properties [189]. Studies
on liver mitochondrial fractions, resolved by differential
centrifugation, suggested that the light fractions, with low
respiratory activity, contained transitional forms in the pro-
cess of development into the heavy mitochondrial structures
with high respiratory activity [190]. The heavy fraction
also exhibited the lowest antioxidant level [190, 191] and
the highest rates of H

2

O
2

production and susceptibility to
Ca2+-induced swelling [190]. It is interesting that conditions
leading to increased ROS production, such as exercise [192]
and cold exposure [193, 194], decrease the amount of heavy
mitochondria and increase that of light mitochondria in rat
muscle and liver, respectively.This suggests that, in rat tissues,
conditions of increased ROS production favor the substi-
tution of the oldest ROS-overproducing mitochondria with
neoformed mitochondria endowed with a smaller capacity
to produce free radicals [190]. If so, the mechanism that,
during oxidative stress, enhances the swelling of Ca2+-loaded
mitochondria constitutes a negative feedback loop. In fact,
the perturbation itself, represented by an enhancement in
ROS generation, should lead to accelerated mitoptosis, thus
limiting tissue oxidative damage during oxidative stress.

4.1.2. Autophagy. Autophagy is a cytoprotective process by
which organelles and bits of cytoplasm are sequestered
in double-membrane vesicles, called autophagosomes, and
subsequently delivered to lysosomes for hydrolytic digestion
[195]. Autophagy serves as an adaptation strategy for stress
conditions, such as amino acid starvation, unfolded protein
response, or viral infection, and it is widely accepted that
it regulates cell homeostasis by adjusting organelle number
and clearing damaged structures. However, if autophagy
prevents or promotes cell death and if it is a selective or
nonelective process are still controversy questions. It is likely
that autophagy can be involved in both survival and death.
It assures cell survival when it removes damaged organelles
that might activate programed cell death as apoptosis (type
I cell death) [196]. On the other hand, it promotes cell death
when it is excessive and deregulated, since enzymes leaking

from lysosomes, such as cathepsins and other hydrolases,
can initiate mitochondrial permeabilization and, eventually,
apoptosis [197].

Clearly, autophagy leading to cell death is not selective,
whereas the controversy persists about autophagy develop-
ing as a survival process. The observation that autophago-
somes often contain various cytoplasmic elements, includ-
ing cytosolic proteins and organelles [198], suggested that
autophagy is a nonspecific form of lysosomal degrada-
tion. However, subsequent observations showed that the
autophagy can be a selective process in which specific pro-
teins or organelles are delivered to the autophagosome for
degradation [197].

Such selective types of autophagy include selective degra-
dation of mitochondria (mitophagy) [197], peroxisomes
(pexophagy) [199], endoplasmic reticulum (reticulophagy)
[200], or even nucleophagy during which parts of the nucleus
are specifically degraded by an autophagic process [201].

Mitochondria subjected over time to multiple attacks
become damaged and possibly dangerous to the cell, so
that elimination of such mitochondria is essential to protect
cells from the harm due to their disordered metabolism.
The view that autophagic processes can remove damaged
and dysfunctional mitochondria was directly confirmed by
experiments in which selected mitochondria inside living
hepatocytes were subjected to laser-induced photodamage
[202]. Mitochondrial depolarization and inner membrane
permeabilization seemed to be required for autophagy signal-
ing [202] suggesting involvement of MPT pore opening and
swelling in the mitophagy.

A growing body of evidence now suggests that pro-
cesses of autophagy and/or apoptosis involving other cellular
organelles are able to protect tissues in conditions leading to
oxidative stress.

Peroxisomes were the first organelles for which selective
organelle degradation by autophagy was described [203].
Studies on selective degradation of peroxisomes in methy-
lotrophic yeasts showed that when grown on methanol
as the carbon source, yeast species included several large
peroxisomes containing the enzymes necessary to assimilate
methanol. When methanol grown cells were shifted to a
different carbon source, such as glucose or ethanol, whose
metabolism did not involve these peroxisomal enzymes,
pexophagy occurred [199]. Hence, this autophagic process
occurred during a rapid intracellular remodeling process to
remove organelles containing enzymes no longer needed for
methanol utilization.

More recent studies indicate that autophagic degradation
of peroxisomes in yeast also occurs as part of cellular house-
keeping [204]. It was observed that, during chemostat culti-
vation of wild type H. polymorpha cells, entire peroxisomes
were constitutively degraded by autophagy during normal
vegetative growth, likely to enable the cells to rejuvenate the
peroxisome population.

There is convincing evidence that ER stress and reticu-
lophagy induction are strongly linked. For example, it was
reported that, during unfolded protein response to ER stress,
induced by DTT, portions of the ER were sequestered by
double-membrane vesicles, similar to autophagosomes [200].
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The presence of ribosomes on the outer membrane of these
structures suggested a role of the ER as a membrane source
for this type of autophagosomes, which subsequently fused
with the vacuole releasing its content for degradation. This
process was highly selective as cytosol and other organelles
were not included into the vesicles [200]. Not much is known
about ER degradation and its role in ER maintenance, but
it is possible that this selective pathway serves to degrade
damaged portions of the ER or resize it after the folding stress
induced enlargement.

Although numerous factors and signaling pathways con-
tribute to autophagy induction in different cellular contexts,
ROS are indicated to be essential signals to activate autophagy
stress by several stimulating conditions [205]. ROS appear
to be implicated in the regulation of autophagy through dis-
tinct mechanisms, depending on cell types and stimulation.
Autophagy, in turn, can reduce ROS production removing
ROS-overproducing organelles.

It seems that ROS, generated from both mitochondria
and NADPH oxidases, activate autophagy to protect cells
from nutrient starvation, dysfunctional mitochondria, cell
death, and invading pathogens [206]. The involvement of
ROS as signaling molecules in starvation-induced autophagy
was demonstrated for the first time showing that starva-
tion triggered accumulation of ROS, most probably H

2

O
2

,
which was necessary for autophagosome formation and the
resulting degradation pathway. The oxidative signal is par-
tially dependent on phosphatidyl inositol 3 kinase (PI3K),
which plays a critical role in the early stages of autophago-
some formation. Furthermore, a direct target for oxidation
by H
2

O
2

, the cysteine protease Atg4, has been identified
[207]. Whereas mitochondria were found to be involved in
starvation-induced autophagy [208], activation of antibacte-
rial autophagy is due to NADPH oxidase that generates ROS
necessary for targeting of the autophagic protein LC3 to the
phagosome [205].

4.1.3. Autophagic and Apoptotic Cell Death. Autophagy usu-
ally promotes cell survival but when cellular damage is
pronounced and survival mechanisms fail, death programs
are activated in response to oxidative stress. The activation
of the autophagic pathway beyond a certain threshold has
recently been found to directly promote cell death by causing
the collapse of cellular functions as a result of cellular
atrophy (autophagic or type II cell death) [209]. This form
of autophagic cell death, which is necessary under certain
conditions, such as in apoptosis-defective cells [210], is
activated in response to oxidative stress in nervous cells, as
shown by oxidative stress and autophagic death induced in
human neuroblastoma SH-SY5Y cells [211] and sympathetic
neurons [212] by dopamine and growth factor deprivation,
respectively.

Autophagy can also lead to the execution of apoptotic or
necrotic (type III cell death) programs, likely via common
regulators such as proteins from the Bcl-2 family [196].
Apoptotic death is an adaptive process, allowing for renewal
of the organism constituents and life maintenance, which,

differently from necrosis, is a form of cell death that causes
minimal damage to surrounding cells.

Apoptosis plays an important role in the elimination of
unnecessary, damaged, or diseased cells during the whole
lifespan and particularly during embryogenesis, when a
majority of newly formed cells undergo programed cell
death. Although both types of cell death have been linked to
autophagy, cell death does not necessarily result from a pre-
vious autophagic process. Depending on the cellular context
and death trigger, apoptosis and necrosis either cooperate in
a balanced interplay involving autophagy or are employed by
cells in a complementaryway to facilitate cellular destruction.
A further complication results by the observation that apop-
tosis, necrosis, and autophagy are often regulated by similar
pathways, engage the same subcellular sites and organelles,
and share initiator and effector molecules.

An example is supplied by the cellular response to MPT
pore opening. This process provides a common pathway
leading to mitophagy, apoptosis, and necrosis [213]. With
low intensity stress, limited MPT leads to mitoptosis, which
is followed by the elimination of degraded mitochondria.
Recent studies have shown that removal can occur through
two different processes which rid cells of damaged mito-
chondria, the formation of mitoptotic bodies which are
then extruded from the cell [214] or selective autophagy
[215]. With increasing stress MPT involves an increasing
proportion of mitochondria and cellular response progresses
frommitoptosis to apoptosis driven bymitochondrial release
of cytochrome c and other proapoptotic factors. This event
occurs if permeabilization affects a great number of mito-
chondria, in the absence of excessive reduction in ATP levels,
and can purify tissue from cells that produce large amounts
of ROS [70]. Lastly, when extreme stress causes MPT pore
opening in virtually all cellular mitochondria, ATP levels
drop, and, because of bioenergetic failure, neither autophagy
nor apoptosis can progress, and only necrotic cell death,
which is not dependent on energy supply, ensues [197].

Another example involves cellular responses to ER stress,
which include the activation of UPR, autophagy, and cell
death [216]. These processes are not mutually exclusive, and
there is significant cross talk between these cellular stress
responses. Autophagy upregulation during ER stress is a pro-
survival response directed to removal of unfolded proteins,
protein aggregates, and damaged organelles, which is trig-
gered in order to relieve the stress and restore ER homeostasis
[217]. However, prolonged or unresolved ER stress results in
apoptotic program activation [218]. Sometimes, the effect of
autophagy on cell survival in ER stress also depends on the
tissue type. In colon and prostate cancer cells, ER-induced
autophagy protects against cell death, whereas in normal
colon cells autophagy does not alleviate ER stress but rather
contributes to ER-induced apoptosis [219].

Recent studies have shown several pathways that mediate
the interplay between autophagy and apoptosis providing
mechanistic insight into the network regulating both pro-
cesses [220]. However, the mechanism by which ER stress
induces apoptosis is not fully delineated, even though it
is clear that mitochondria-dependent and independent cell
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death pathways can mediate apoptosis in response to ER
stress.

In ER-mitochondria-independent cell death pathway,
caspases are required for apoptosis, and some members
of this family of proteases are associated with the ER. In
rodents, caspase-12 is ER-membrane proapoptotic protease
specifically activated upon prolonged UPR. Several pathways
involve caspase-12 activation in cell apoptosis after ER-
induced stress. A pathway triggers apoptosis by ER stress-
specific caspase cascade leading to the caspase-9 and caspase-
3 activation in cytochrome c and apoptotic protease activat-
ing factor-1 (Apaf-1) independent manner [221].

ER stress can also trigger apoptosis by mitochondria-
dependent pathways [222] which can share actors with
mitochondria-independent pathways. The phosphorylation
of inositol-requiring enzyme 1 (IRE1) leads to the phospho-
rylation of c-Jun N-terminal kinase (JNK) that, in turn, can
activate p53 transcription factor.The p53-induced expression
of a protein, the Bcl-2 interactingmediator of cell death (Bim)
[223], leads to the formation of the BAX/BAK pore on the
outer mitochondrial membrane and cytochrome c release
resulting in activation of the canonical apoptosis pathway.

Whereas the relationship between mitochondrial oxida-
tive stress and cell death is well-established [224], that of per-
oxisomes in cell death pathways is just beginning to emerge.
In light of the strong impact of peroxisome dysfunction on
mitochondria, it is possible that peroxisome-derived medi-
ators of oxidative stress have an influence on mitochondria
that would have profound implications for cell fate.

In fact, it has been reported that excess ROS generated
inside peroxisomes quickly perturbs themitochondrial redox
balance and leads to remarkable mitochondrial fragmenta-
tion [225]. In a recent study using targeted variants of the
photosensitizer Killer Red it has been showed that the photo-
toxic effects of peroxisomal Killer Red induce mitochondria-
mediated apoptotic death and that this process is inhibited
by targeted overexpression of antioxidant enzymes, including
peroxisomal glutathione S-transferase kappa 1, superoxide
dismutase 1, and mitochondrial catalase [226].

Over the last decades, the intricate molecular events
underlying the process of apoptosis have been elucidated
[227]. It is apparent that crucial steps involve mitochondrial
release of proapoptotic factors, although the exact mech-
anisms involved in this release are less well understood.
In this regard, it seems that, in some circumstances, the
release into the cytosol of lysosomal constituents may be an
initiating event in apoptosis and that mitochondrial release
of proapoptotic factors might be a consequence of earlier
lysosomal destabilization [228].

The destabilization of the lysosomal membrane is due
to its vulnerability to oxidative stress, because agents, which
induce oxidative stress, such as H

2

O
2

[229] and radiation
[230], also promote lysosomal membrane rupture. Different
cell types but also cells of the same type and lysosomes
of individual cells exhibit different lysosomal resistance to
oxidative stress [231]. It has been suggested that such a resis-
tancemainly depends on the capacity to degradeH

2

O
2

before
it reaches the acidic vacuolar compartment, resistance to ROS

of lysosomal membranes, and lysosomal content of redox-
active iron [231]. Lysosomal membrane permeabilization per
se triggers intracellular formation of ROS, a process which
can be mediated by the action of lysosomal proteases, such as
cathepsins B and D, which leak into the cytosol [208]. These
enzymes affect mitochondria inducing further cytochrome c
release and activation of caspase-mediated cell death [208,
228]. The involvement of lysosomes and their iron content in
radiation-induced cell death is supported by the observation
that cells are significantly protected from radiation damage if
exposed to iron chelators [163, 165]. Conversely, the involve-
ment of lysosomal proteases in cell death is supported by
the observation that apoptosis inhibition by cyclosporin A-
induced block of MPT pore opening favors the development
of a necrotic form of cell death, which is attenuated by ROS
scavengers and inhibition of cathepsin D activity [232].

5. Harmful and Beneficial Effects of ROS
during Exercise

It is well documented that acute physical exercise can produce
significant damage, including alterations in membranes of
mitochondria and sarcoplasmic and endoplasmic reticulum
[233–236] in skeletal muscles and other tissues. The contrac-
tion form most damaging to skeletal muscle is that in which
the muscle is contracting while being lengthened (eccen-
tric contraction). During such a contraction, disruption of
cytoskeletal structures, loss of muscle force generation, and
influx of phagocytic cells and neutrophils into the damaged
fibers occur [237].

Different from acute exercise, aerobic physical activity
regularly performed (training) induces adaptive responses
in the whole organism and particularly in the cardiorespi-
ratory and musculoskeletal systems [238], which lead to an
increased ability to perform prolonged strenuous exercise
[235]. Moreover, it has several healthy effects, including
the maintenance of insulin sensitivity and cardiorespiratory
fitness, so that it is able to prevent type 2 diabetes [239]
and coronary heart diseases [240], and can also be used as
adjunctive therapy in the treatment of patients with diabetes
[241] and chronic heart failure [242].

To date, the idea that the opposite effects of acute exercise
and training are in great part due to the ability of ROS to play
a dual role in animal organisms is widely shared. In fact, it is
well documented that, during a single session of prolonged
aerobic exercise, ROS production increases and this can lead
to cellular damage and dysfunction. On the other hand, some
results suggest that the ROS produced during each session
of a training program can act as factors inducing cellular
adaptations to exercise.

During physical activity several ROS sources can be
activated contributing to the oxidative damage and/or to
the adaptive processes. It is reasonable to imagine that an
initial source of ROS can activate the ROS release from
other sources, inducing a positive feedback loop. In the next
sections, we will point out our attention to what is known
about production, sources, and double action of ROS during
acute exercise and training.
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6. Acute Exercise

6.1. ROS Production. ROS involvement in the tissue damage
found after prolonged aerobic exercise was suggested in the
late 1970s [243], but there is still no direct evidence that
ROS production increases during exercise. Electron spin
resonance (ESR) spectroscopy was able to furnish direct
information of the presence of free radical species, but
such a technique allows obtaining information on the ROS
production after exercise. Davies et al. [244] first reported
that signals of free radicals were enhanced in rat muscle
and liver after a bout of exhaustive running. Subsequently,
increased generation of free radical signals was observed
in rat heart after an acute bout of exhaustive endurance
exercise [245]. The idea that free radical activity might
increase after extensive muscular activity was also confirmed
on skeletal muscles subjected to electrical stimulation [246].
Using ESR spectroscopy in conjunction with the spin tapping
technique, enhanced free radical concentration in human
serum following exhaustive exercise was found [247, 248]
which was prevented by ascorbic acid supplementation [249].

Indirect information on ROS production during acute
exercise has been obtained by the changes in indexes of oxida-
tive damage to lipids, proteins, and DNA and in the cellular
redox state. A plethora of information exists concerning the
increase in such indexes in various animal species, including
human, but here we focus our attention on what is available
in literature on rat.

Lipid oxidation can be evaluated measuring tissue lev-
els of oxidized lipids, such as lipid hydroperoxides, or
those coming from their degradation, such as malondialde-
hyde (MDA) and 4-hydroxyl-2-nonenal. Numerous studies
showed increase in lipid oxidation markers in skeletal [244,
250–254] and cardiac muscle [251–253, 255], liver [244, 250–
254, 256], brain [257], erythrocytes [258], and kidney [254]
of untrained rats after acute exercise.

Exercise-induced increases in protein carbonyl content,
a marker of protein oxidative damage, were reported in rat
skeletal [253] and cardiac muscle [253, 255], liver [253, 256],
and plasma [259]. Furthermore, increases in 8-hydroxy-2-
deoxyguanosine (8-OH-dG), amarker of oxidative damage to
DNA, were also found in rat skeletal [260] and cardiac [255]
muscle, liver, and lung [260] after acute exercise.

Some studies reported that the extent of oxidative damage
depends on duration or intensity of exercise. One such study
showed that exhaustive maximal exercise caused plasma
MDA increase while short periods of submaximal exercise
(less than 70% VO2max) reduced lipid peroxidation [261].
Liver oxidative damage indexes did not change after 5 h of
swimming and increased after 8 h of exercise [192]. Another
study showed that an acute bout of a moderate as well as
high intensity exercise led to an increase in malonaldehyde
and lipid hydroperoxide levels in red vastus, white vastus,
and soleus muscle [262]. The study also showed that when
intensity of exercise was considerably decreased, lower MDA
levels were found [262].

Reduced glutathione (GSH), a thiol-containing tripeptide
playing a vital role in maintaining cells in the reduced
state and in protecting tissues from oxidative stress [263],

is involved in reducing radicals arising from a variety of
antioxidants, such as 𝛼-tocopherol and ascorbic acid, to the
native structure [9]. GSH is oxidized to glutathione disulfide
(GSSG) donating a pair of hydrogen atoms. The ratio of
GSH to GSSG is used as an indicator of intracellular GSH
redox status. A decrease in GSH/GSSG ratio suggests that
the production of ROS goes over the reducing capacity of
GSH and other antioxidants.Therefore, change of GSH redox
status has been used as a footprint of oxidative stress during
exercise. Several studies showed that prolonged exhaustive
exercise promoted oxidation of GSH to form GSSG in the
blood [264], liver [253, 264], heart [253, 265], and skeletal
muscle [253, 264] of rats, even though it is possible that
the GSH redox state in the muscle is not altered by short
term exercise. Indeed, it was reported that physical exercise
at submaximal level determined a progressive depletion of
liver GSH to about 20% of the levels found in sedentary
rats which persisted for several hours following the cessation
of exercise [266]. However, skeletal muscle appeared to be
spared by this severe depletion phenomenon, whereas the
levels of plasma glutathione exhibited a transient increase
at the beginning of the exercise bout followed by a linear
decrease with increased running time [266]. In liver, the
early decrease in GSH level during exercise did not depend
on increased ROS production, even though it could be one
of the factors inducing liver oxidative stress. Evidence that
a decrease in liver GSH content precedes oxidative stress
was supplied by the finding that prolonged exercise led to
increased lipid peroxidation and decreased GSH content,
while exercise of shorter duration was not able to induce
oxidative stress in liver, although it reduced GSH content
[192].The liver GSH reduction can be due to several factors. It
has been suggested that the exercise linked increase in plasma
levels of glucagon, vasopressin, and epinephrine stimulates
hepatic efflux of GSH which is delivered to tissues, such as
skeletalmuscle that necessitates a larger tripeptide supply and
its uptake from the plasma [267, 268].

6.2. Sources of ROS during Physical Activity. Notwithstanding
most work indicates that exercise increases ROS production
in rat tissues, the debate about the cellular sources of such
ROS is still open. Several intracellular sources of free radicals
have been identified and it is possible that all contribute to
the increased ROS production during exercise even though
the extent of their contribution can depend on several factors
including the type of tissue and exercise.

Mitochondria,NADPHoxidase, and xanthine oxidase are
considered the main ROS sources during exercise but it is
necessary to point out that reports concerning other cellular
sources are scarce or lacking.

6.2.1. Mitochondria. Mitochondria were long considered the
main source of ROS in the cell during physical activity.
Initially, this belief stemmed from the widespread idea that
in tissue free radical production was closely related to oxygen
consumption [269]. Since over 90% of the oxygen consumed
by a mammal is utilized in the mitochondria, which appear
to generate free radicals in all tissues studied [270], it was
speculated that the increase inmuscular oxygen consumption
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during exercise was associated with an increase in free radical
production by the respiratory chain localized in the inner
mitochondrial membrane [269].

Duringmuscle contraction, ADP concentration increases
and stimulates mitochondrial oxidative phosphorylation
[271], shifting the mitochondrial respiration nearer to State
3 than to State 4 oxygen consumption. Therefore, the close
link between ROS production and O

2

consumption should
require that the percentage of total electron flow escaping
from the respiratory chain to reduce O

2

to superoxide radical
(the mitochondrial free radical leak) is not modified during
the transition from State 4 to State 3 happening during
muscle contraction. However, this idea is theoretically and
experimentally inconsistent. The rate of the mitochondrial
ROS generation is related to the degree of reduction of
electron carriers able to donate electrons to oxygen, and
such a degree of reduction decreases during transition from
State 4 to State 3 [272]. In agreement with such prediction,
measurements performed on isolated mitochondria show
that ROS mitochondrial release is higher in State 4 and in all
conditionswhen the rate of electron-transfer is lowered [272].

Nevertheless, results obtained measuring ROS release
from mitochondria isolated from tissues of animals that
exercised suggest that mitochondrial ROS release might
increase during prolonged aerobic exercise not only inmuscle
but also in other tissues, such as liver and heart [272].

An increased release of ROS during basal and stimulated
respiration, with respiratory substrates linked to Complex
I (pyruvate plus malate) or Complex II (succinate), was
reported for mitochondria isolated from the muscles of
the hind limbs [273], gastrocnemius (red portion), heart,
and liver [253] of rats subjected to prolonged swimming.
Increased ROS release was also reported following prolonged
treadmill running [274] in heartmitochondria.The increased
ROS release was associated with an increase in the levels
of oxidative stress markers in mitochondria isolated from
cardiac and skeletal muscles and liver [253] of rats subjected
to prolonged aerobic exercise. It was also accompanied by
alterations in mitochondrial functionality. Indeed, exercise
increased State 4 respiration in liver, muscle [253], and heart
[253, 274] mitochondria and decreased State 3 respiration in
liver andmuscle mitochondria [253]. Such results suggest the
possibility that, whatever the initial source of ROS during
exercise is, such ROS can damagemitochondrial components
inducing both functionality impairment and increasing ROS
release. It was initially proposed that the ROS formation
during exercise could involve the loss in the cytochrome
oxidase activity and a consequent increase in the electron
pressure within the respiratory chain [275]. The finding that
in hind limb muscle mitochondria exercise-induced change
in mitochondrial respiration is not associated with changes
in the cytochrome oxidase activity [273] seems to exclude
such a possibility suggesting that oxidative modifications of
other components of mitochondrial membrane are involved.
Oxidative modifications of lipids and proteins located in the
inner mitochondrial membrane could be responsible for the
increase in State 4 respiration.The increase in State 4 respira-
tion rate represents a compensatory response to the increased
leak of protons back in the mitochondrial matrix. It has

been proposed that adenine nucleotide translocase (ANT)
and uncoupling proteins (UCPs) are involved in proton
conductance of mitochondrial membrane [276]. However,
the observation that in skeletal muscle ANT expression is
not affected by acute exercise [277] excludes that ANT is
responsible for the increase in State 4 respiration induced by
exercise. Moreover, it is known that an uncoupling protein
1 (UCP1) catalyzes inducible proton conductance in brown
adipose tissue (BAT) [278], and exercise upregulates UCP1
homologue expression in skeletal [279] and cardiac muscle
[274]. However, whether in tissues differently from BAT
UCP1 homologues are responsible for mitochondrial basal or
inducible proton conductance is yet controversial [280].

More support is available for the idea that the observed
enhancement in State 4 respiration is due to high production
of ROS and RNS, which seem to be able to affect pro-
ton leak through an indirect mechanism. Both O

2

∙− [281]
and ONOO− [282] increase mitochondrial proton leak by
enhancing the extent of peroxidative processes [282, 283].
Therefore, it is conceivable that the increase in State 4 respira-
tion induced by exercise may be due to a lipid peroxidation-
mediated increase in proton leak.

The decrease observed in State 3 respiration can be due
to a direct action of ROS and/or RNS. Indeed, damage to
respiratory chain components by ROS [284] and inhibition of
mitochondrial function byONOO− [109] have been reported.
The decline of the respiration rate in mitochondria from rats
that exercised is likely to involve ONOO−, which during
exercise could be formed in greater amount and cause
irreversible inhibition of many mitochondrial components
different from cytochrome aa3 [285].

Inhibition ofmitochondrial function and increase in ROS
release could also be due to the increase in mitochondrial
Ca2+ content, which occurs in skeletal muscle after prolonged
exercise [286] and leads to oxidative phosphorylation inhibi-
tion [287]. The Ca2+ effect on mitochondrial function results
from induction of mitochondrial permeability transition
(MPT) [114], which leads to degradation of the heaviest mito-
chondrial subpopulation characterized by high respiratory
capacity and susceptibility to Ca2+-induced swelling [190].

Following long-lasting exercise, a transfer of damaged
mitochondria in the lightest fraction happened in rat liver,
as demonstrated by the increase in protein percent content
in such a fraction and its decrease in the heaviest one
[192], whereas a similar transfer did not happen in skeletal
muscle [273]. This agrees with the observation that acute
exercise enhances mitochondrial resistance to Ca2+ overload
in human skeletal muscle [277]. The Ca2+ tolerance of
mitochondria after exercise could be due to the maintenance
of relatively high levels of GSH, which should prevent mito-
chondrial membrane potential collapse [288] which precedes
MPT pore opening. Although this can appear as a protective
mechanism, it slows removal of ROS-overproducing mito-
chondria thus enhancing exercise-induced muscle oxidative
damage and dysfunction.

6.2.2. NADPH Oxidases. In the cells of skeletal muscle, the
isoform NOX2 is expressed [289] and protein subunits have
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been identified in transverse tubules and triads obtained
from rabbit skeletal muscle but not in sarcoplasmic reticulum
vesicles [290]. Some authors suggested that this is one of the
main sources of ROS during in vitro muscle contraction or
electrical stimulation [291, 292]. Moreover, it was demon-
strated that muscle contraction increased O

2

∙− in cytosol and
subsequently in mitochondria, suggesting that NADPH oxi-
dase could be a potential primary source of ROS production
duringmuscle contraction [293]. It is conceivable that during
muscular activity the increased activity of NADPH oxidase
can produce excessive ROS release which can contribute to
damage cellular components. However, it is also possible that
such a release can have beneficial roles. The increased level
of ROS induces changes in intracellular calcium levels which
are the result of oxidativemodification of calcium channels or
other proteins involved in calcium signaling [294] and it has
been suggested that NOX2ROS productionmay be necessary
for the excitation-contraction coupling process [290].

The mechanism of activation of NADPH oxidase has not
been completely defined but a recent paper suggests that this
can involve the increase in ATP release. Electrical stimulation
of adult muscular fibers isolated from the muscle flexor digi-
torum brevis activates a voltage gated L-type calcium channel
(Cav1.1) with each depolarizing event.This activation induces
ATP release via pannexin-1 (PnX1) channel which colocalizes
in the transverse tubules with Cav1.1 [295]. These events, in
turn, trigger a signaling cascade where, through ATP acti-
vation of a purinergic receptor (P2Y), phosphatidylinositol
3-kinase-𝛾 and phospholipase C and consequently protein
kinase C, which activates NOX2 oxidase and ROS release
[296], are activated. It is conceivable that a similar activation
can happen also in in vivomuscle because an increase in ATP
concentration has been found in the interstitial muscular
space after exercise and contraction [297, 298].

6.2.3. XanthineOxidases. Studies performed usingXO inhib-
itors suggested a potential role of enzyme XO as a source
of oxidative stress, during ischemia-reperfusion in various
tissues, such as intestine, heart, lung, kidney, and liver [98,
299, 300]. In particular, XDH/XO activity in liver has been
reported to be relatively higher with respect to other organs
[301, 302]. On the other hand, it has been demonstrated that
liver blood flow during severe exercise may be reduced to
half of normal, indicating that exercise can induce ischemia
or hypoxia in the hepatic tissue [303]. These findings would
suggest that XO produces free radicals which may influence
the function of hepatic cells during and/or after strenuous
exercise. Furthermore, inosine and hypoxanthine produced
by the skeletal muscle during severe exercise have been
reported to be taken up by the liver via the blood stream and
oxidized to uric acid mainly after exercise [304]. According
to these observations, it was shown that the liver has a
substantially higher risk of oxidative stress following a single
bout of exhausting exercise, rather than during the exercise
itself [305].

It has been reported that xanthine oxidase produces O
2

∙−

in the contracting rat [306] and human skeletal muscles
[307]. However, there is controversy about the role xanthine

oxidase plays in O
2

∙− production of human skeletal mus-
cle during contraction, because such a muscle appears to
possess low amounts of xanthine dehydrogenase or oxidase
[308], even though these enzymes are present in associated
endothelial cells. It has been speculated that postexercise
oxidative stress in mouse skeletal muscles may be due to
the conversion of XDH into XO in capillary endothelial
cells [309] and enhanced adenosine 5-triphosphate (ATP)
degradation together [310].

More recently, it was found that the administration of
allopurinol, XO inhibitor, did not prevent the increase in
protein and lipid oxidative stress markers in rat plasma,
erythrocytes, and gastrocnemius muscle due to swimming
exhaustion [311]. Moreover, in rats treated with allopurinol
alone, a similar increase in protein and lipid oxidative stress
markers in erythrocytes and gastrocnemius muscle was
found.The combination of allopurinol and exercise appeared
to increase protein oxidative damage in plasma and protein
and lipid oxidative damage in erythrocytes. Interestingly,
allopurinol provoked a marked reduction in physical perfor-
mance as demonstrated by the 35% decrease in the swimming
time to exhaustion [311].This result is in contrast with another
work reporting a lack of effects of allopurinol administration
on the time to exhaustion in rats performing treadmill
running [305]. The discrepancy can be due to the different
type of exercise and/or to the different doses of allopurinol.
However, it is interesting that notwithstanding allopurinol
seems to have intrinsic antioxidant properties being a potent
hydroxyl radical scavenger [312, 313], it either did not change
or decreased the time to exhaustion, differently from what
was found administering antioxidants before an exhaustive
exercise [314].

Another study [315] reported that, following acute
exercise (60min treadmill running 27m/min, 5% incline),
skeletal muscle oxidized glutathione (GSSG) significantly
increased in allopurinol- and vehicle-treated rats despite XO
activity and uric acid levels were unaltered.This suggests that
XO was not the source of ROS during exercise. In the whole,
the available data obtained by XO inhibition suggest that the
enzyme can be a source of ROS during exercise but not the
main.

7. Training

7.1. Effects of Training on Tissue Oxidative Damage. Con-
trary to acute exercise, aerobic exercise training induces
adaptations which reduce liver [316] and skeletal [317] and
cardiac muscle [318] oxidative damage of lipids and proteins.
Such adaptations also render tissues less susceptible to the
oxidative damage induced by conditions leading to oxidative
damage. Indeed, training attenuates lipid and protein oxida-
tive damage and glutathione depletion in rat heart subjected
to ischemia-reperfusion [319]. Moreover, training prevents
lipid peroxidation increase induced by moderate intensity
exercise in rat liver and muscle [250]. However, other studies
suggested that training does not affect the extent of lipid
peroxidation due to exhaustive swimming but, delaying the
rate of the peroxidative reactions, allows trained animals to
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sustain the activity for a longer period before the fatigue
becomes limiting [251, 252].

It is clear that training exerts protective effects reducing
oxidative damage of tissues and increasing their resistance
to oxidative challenges. Such effects seem to be associated
with increased cellular antioxidant defenses. Several studies
examined the effect of training on the activities of antioxidant
enzymes.Much of these studiesmay not be directly compared
to each other because of the differences in experimental
design, animal model, and analytical procedures. However,
in the whole they show that training results in an increase
in skeletal [320] and cardiac [321] activity of antioxidant
enzymes, such as superoxide dismutase, glutathione peroxi-
dase, glutathione reductase, and catalase, even though some
studies failed to find enhanced antioxidant activity after
training.

The training effect on liver antioxidant enzymes has
been less studied and the results are rather contrasting. On
the other hand, it was previously reported that liver total
antioxidant capacity was increased by training as well as those
of skeletal and cardiac muscle [251, 252].

Surprisingly, there are few studies concerning the effect
of training on antioxidant enzyme expression. However,
increases induced by training in CuZnSOD mRNA abun-
dance in rat liver and heart [322] and Cu, ZnSOD, and
MnSOD protein level only in some muscles but not in others
[322, 323] were reported.

It is likely that training exerts its protective effects also
decreasing H

2

O
2

production, even though scarce informa-
tion is available on training impact on cellular ROS sources.
The rate of H

2

O
2

release was decreased in liver [316], skeletal
muscle [317, 324], and heart [318] mitochondria from rats
trained to swim and in heart mitochondria [325] from rats
trained to run. Conversely, no effect on H

2

O
2

release was
found in skeletal muscle mitochondria following voluntary
wheel training [326].

Measurements of H
2

O
2

release rate in the presence of
respiratory inhibitors suggested that training reduces the
concentration of the autoxidizable electron carriers located
at Complexes I and III in the liver [316] and muscle [317]
mitochondria and that of the autoxidizable electron carrier
located at Complex III in the heart mitochondria [318].
However, other swim training-induced adaptations can con-
tribute to the reduction of the H

2

O
2

release rate found in
the mitochondria isolated from liver heart and muscle.These
could include the increased activity of theH

2

O
2

metabolizing
enzyme GPX, which is coupled with the increase in GR
activity, in the mitochondria of the three tissues [316–318].
Conversely, it is unlikely that the decrease in H

2

O
2

release
is due to increased uncoupling of the inner mitochondrial
membrane, since that training reduces mRNA expression
of uncoupling protein 3 in skeletal muscle and uncoupling
protein 2 in skeletal and cardiac muscles [327].

The effects of exercise training on NADPH oxidase activ-
ity are limited but some data suggest that exercise training
is able to modulate NADPH oxidase activity. For example, it
has been reported that exercise training mitigates age-related
upregulation of NOX2 subunits gp91phox and p47phox in rat
heart [328], reduces microvascular endothelial NOX content

inmuscle biopsies fromvastus lateralis of obesemen [329] but
not of lean men [330], and downregulates NADPH oxidase
expression in obese rats [331]. Studies using XO inhibition by
allopurinol show that such an inhibition produces complex
effects that are not yet fully elucidated so that the relative
data are not conclusive and do not allow us to point out
the relevance of the ROS produced by XO for the training
adaptations.

7.2. Mitochondrial Biogenesis. The improved cardiovascular
function and aerobic capacity elicited by aerobic exercise
training require an increased tissue metabolic activity. The
first proof that the increase induced by the training in
metabolic capacity was due to the increased tissue mitochon-
drial protein content was obtained in the skeletal muscle
[332, 333]. Subsequent studies confirmed this finding [317]
and showed that swim training increased mitochondrial
protein content also in other tissues such as liver [316]
and heart [318]. However, the changes in mitochondrial
protein content seemed to differ in various tissues and
were associated with different changes in the metabolic
capacity of tissues and mitochondria. Indeed, in the skeletal
muscle swim training increased tissue metabolic capacity by
inducing a moderate increase in the tissue content of the
mitochondrial population characterized by a lightly reduced
aerobic capacity [317]. In liver, swim training did not induce
increases in tissue metabolic capacity because the modest
increase in mitochondrial population content was balanced
by the reduction in mitochondrial metabolic capacity [316].
In heart, swim training increased tissue metabolic capacity
by enhancing lightly both mitochondrial population content
and mitochondrial respiratory capacity [318]. These different
responses are consistent with the different functions of liver
and muscles as energy supplier and consumers, respectively
[334], during aerobic long-lasting exercise.

7.3. Mechanisms of Adaptive Response to Exercise. Mitochon-
drial biogenesis requires that expression of themitochondrial
genome and nuclear genes encoding mitochondrial proteins
is finely organized. The process is controlled by the per-
oxisome proliferator-activated-receptor-gamma coactivator
1 (PGC-1) which regulates the expression of transcription
factors such as nuclear respiratory factors 1 and 2 (NRF-1 and
NRF-2) [335]. NRF-1 and NRF-2 control the expression of
many genes, among which are those implicated in mitochon-
drial biogenesis, adaptive thermogenesis, glucose and fatty
acid metabolism, fiber type switching in skeletal muscle, and
heart development [336].

PGC-1 expression increases quickly in muscle cells stim-
ulated to contract [337], in rat skeletal muscle after a single
bout of exercise [338] and in human skeletal muscle after
endurance training [339]. A study using PGC-1𝛼 knockout
mice showed that in liver PGC-1𝛼 plays a pivotal role in
regulation of cytochrome c and cytochrome oxidase subunit
I expression in response to a single bout of treadmill exercise
and prolonged exercise training, which suggests that the
exercise-induced changes in tissue oxidative capacity are
regulated by PGC-1𝛼 [340].
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Increases in PGC-1𝛼 expression were also found in heart
after short term training to treadmill run [341] and in liver
[316], skeletal muscle [317], and heart [318] after 10 weeks
of training to swimming. In these tissues, the increases in
PGC-1𝛼 expression were associated with an increase in the
expression of NRF-1 and NRF-2.

Interestingly, in addition to regulating mitochondrial
biogenesis, PGC-1 is able to regulate endogenous antioxidant
expression, such as Cu, ZnSOD, MnSOD, and GPX, in skele-
tal muscle [342, 343].This coordination of the proliferation of
ROS producing organelles with increase in antioxidant levels
likely helps to maintain redox homeostasis. In addition, it has
been shown that PGC-1𝛼 promotes mSIRT3 gene expression,
which is mediated by ER-binding element mapped to the
SIRT3 promoter region [344]. In turn, SIRT3 binds to, dea-
cetylates, and activates mitochondrial enzymes, including
MnSOD, through a posttranslational mechanism [345].

PGC-1𝛼 is also able to regulate the mRNA expression of
uncoupling proteins 2 and 3 in cell culture [346], suggesting
that PGC-1𝛼 may also increase the uncoupling capacity and
concomitantly reduce ROS production in the mitochondria
[343].

Several initiating stimuli, activated during exercise, can
contribute to eliciting the PGC-1 gene response. These
include (i) increase in cytosolic calcium concentration, which
activates various signaling pathways regulated by the cal-
cineurin phosphatase and the calmodulin-modulated kinase,
(ii) the decrease in levels of high-energy phosphates, leading
to the activation of the AMP-sensitive kinase (AMPK), and
(iii) stimulation of the adrenergic system, leading to cyclic
AMP synthesis, and activation of protein kinase A and other
kinases, such as mitogen-activated protein kinase (MAPK)
[342]. However, it is necessary to point out that PGC-1𝛼
regulation is not only due to variation in expression but
also caused by covalent modifications among which are
phosphorylation, acetylation methylation, and ubiquitina-
tion. Indeed, in vitro experiments showed that p38 MAPK
and AMPK phosphorylate PGC-1𝛼 producing a more active
protein [342].

It seems that PGC-1 expression is also upregulated by
ROS. Indeed, the observation that antioxidant incubation
prevents the increase in PGC-1𝛼mRNA induced by electrical
stimulation in rat skeletal muscle cell culture [347] indicates
that increases in ROS may contribute to exercise-induced
increases in skeletal muscle PGC-1𝛼 mRNA content. Thus,
the observation that theH

2

O
2

-induced increase in themRNA
content of SOD, catalase, and GPX in PGC-1𝛼 KO fibroblasts
is lower than that inwild type fibroblasts [348] indicates a role
of PGC-1𝛼 in the upregulation of ROS removing enzymes in
response to increases in ROS.

Moreover, notwithstanding conflicting results exist in
literature [349], it was reported that antioxidant supplemen-
tation attenuates the PGC-1𝛼 expression increase due to
training [316–318, 350–352]. It was also reported that vitamin
E supplementation prevents the increase in activator and
coactivator levels and mitochondrial population adaptation
to physical training [316–318]. These results suggest that the
ROS produced during each session of exercise training are
able to regulate cellular functions acting as signals regulating

molecular events crucial for adaptive responses of liver, mus-
cle, and heart.

The role of ROS as signaling molecules in the tissue
adaptation induced by training seems to contrast with the
oxidative damage and dysfunction elicited by acute exercise.
However, this can be explained by differences in extent
and temporal pattern of ROS generation. Thus, a moderate,
intermittent ROS production during short time periods in
a program of graduate aerobic training can activate signal-
ing pathways leading to cellular adaptation and protection
against future stresses. In contrast, moderate levels of ROS
production over long time periods (e.g., hours) or high levels
produced during brief exercise at high intensity may result in
structural and functional tissue damage.

8. ROS Production and Type 2 Diabetes

Type 2 diabetes and other related diseases, such as metabolic
syndrome and coronary heart disease, are a serious prob-
lem worldwide [353]. Specifically, diabetes is very closely
related to microvascular and macrovascular complications
that seriously affect the quality of life and life expectancy
of patients. At present, there are around 350 million people
worldwide with diabetes, a figure that will rise to 500–600
million over the following years. Diabetes, insulin resistance,
and cardiometabolic diseases are associated and constitute an
active field of research [354, 355].

Mitochondria are known to produce ATP after metab-
olization of nutrients and are capable of generating energy.
In this sense, it has been demonstrated that mitochondrial
dysfunction is characterized by decreased levels of ATP,
inhibition of mitochondrial O

2

consumption, enhanced ROS
production, a decrease in the antioxidant content, and alter-
ations in mitochondrial membrane potential (ΔΨ

𝑚

). These
effects are due mainly to an imbalance between energy intake
and expenditure [356]. In fact, a decrease in the activity of
the electron transport chain (ETC) complexes or increased
uncoupling produced by the activity of uncoupling proteins
or the ADP/ATP translocator (also called adenine nucleotide
translocase, ANT) can induce changes inΔΨ

𝑚

that eventually
lead to apoptosis [354, 355].

Different factors, both genetic and environmental (diet,
exercise, and stress), have been shown to modulate mito-
chondrial function and alter insulin sensitivity [357, 358]. In
this context, the presence of mitochondrial impairment has
been demonstrated in different types of leukocytes [359] and
tissues such as liver, lung, skeletal muscle, spleen, or heart
in type 2 diabetes [360, 361], confirming the relationship
between this condition and mitochondrial dysfunction.

Mitochondria are the main source of reactive oxygen
species (ROS), as mentioned previously. ROS are key to
the development of diabetic complications [362–364], and
studies have demonstrated that the use of antioxidants
such as lipoic acid (LA) can reduce insulin resistance and
ROS production (by improving mitochondrial function) and
prevent CVD in humans [365]. Recently, Faid et al. have
demonstrated that resveratrol can alleviate diabetes-induced
apoptosis bymodulating caspase-3 activities, oxidative stress,
and JNK signaling [366].
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Electron transport chain (ETC) dysfunction is directly
related to diabetes and its complications, including retinopa-
thy, nephropathy, and neuropathy [355]. Furthermore, some
studies have documented that deleterious genetic mutations
related to a reduction in the activity of Complex I can lead
tomitochondrial impairment and enhanced ROS production
[367]. Therefore, mitochondria-targeted antioxidant therapy
has been proposed as a beneficial tool in the treatment of
mitochondria-related diseases [368].

Victor’s group has performed several studies of type 2
diabetes patients which have shown that oxidative stress
and mitochondrial dysfunction occur due to a decrease in
O
2

consumption, Complex I activity, membrane potential,
and glutathione levels and an increase in ROS production
[359, 369–371], thus confirming mitochondria as a key target
for diabetes treatment. In other related pathologies, such
as polycystic ovary syndrome (PCOS), in which patients
can develop insulin resistance, there is also an impairment
of mitochondrial Complex I and an increase in leukocyte-
endothelium interactions [372].This mitochondrial dysfunc-
tion increases ROS production, reduces ATP and Ca2+,
and alters membrane potential and mitochondrial mor-
phology. However, in an animal model of diabetes (db/db
mice), mitochondrial and renal function are improved in
the presence of mitochondria-targeted antioxidants, such
as CoQ10, highlighting the crucial role of mitochondria in
the development and pathogenesis of diabetic nephropathy
[373]. In addition, Victor’s group has demonstrated that
mitochondrial dysfunction and, especially, mitochondrial
ROS production are related to the development of silent
myocardial ischemia and endothelial dysfunction due to
increased leukocyte/endothelium interactions [374].

Mitochondria-targeted antioxidants have been shown to
have beneficial effects on conditions of oxidative stress. In
this sense, MitoQ is an antioxidant which, due to a covalent
attachment to the lipophilic triphenylphosphonium cation,
is selectively taken up 1000-fold by mitochondria [363, 375].
Chacko et al. demonstrated an example of the beneficial
effects of MitoQ on diabetes when they reported that MitoQ
decreased urinary albumin levels to the same level as those of
nondiabetic controls in amousemodel of diabetic nephropa-
thy (Ins2(+/)-(AkitaJ) mice) [376]. Furthermore, glomerular
damage and interstitial fibrosis were significantly reduced in
the treated animals, and there was a nuclear accumulation of
the profibrotic transcription factors 𝛽-catenin and phospho-
Smad2/3, which was prevented by MitoQ treatment. These
results support the hypothesis that mitochondrially targeted
therapies could be beneficial for the treatment of diabetic
nephropathy.

8.1. Insulin Resistance and Mitochondrial Dysfunction. Glu-
cose homeostasis is regulated by insulin. In addition, insulin
has important cardiovascular, renal, and neural functions,
which may explain why insulin resistance is a risk factor for
microvascular complications such as retinopathy, nephropa-
thy, hypertension, and CVD [25].

A series of conditions are related to the development
of insulin resistance, such as obesity, changes in lipid and
glucose metabolism, chronic inflammation, stress, or other

oxidative factors. In these conditions, the appearance of
insulin resistance is frequently associated with a diminished
capacity of tissues or cells to respond to levels of insulin [377].
This process is related to mitochondrial dysfunction, changes
in mitochondrial dynamics, and enhanced ROS production.

In relation to this theory, it has been demonstrated that
mitochondrial impairment, oxidative stress, excess energy
intake, and lipodystrophy can enhance circulating free fatty
acids (FFAs), which can lead to the accumulation of triglyc-
erides, FFAs, and diacylglycerol (DG) in different tissular
locations, including liver, skeletal muscle, heart, kidney, and
𝛽-cells. Furthermore, alterations in cholesterol subfractions,
such as an increase in the atherogenic potential of small dense
LDL, may be related to several metabolic properties of these
particles, facilitating their transport into the subendothelial
space [378], reducing LDL receptor affinity [379, 380], and
increasing susceptibility to oxidativemodifications [378, 381].
The cited studies feed into the idea that small dense LDL
are related to arterial damage in patients with dyslipidemia
associated with diabetes.

Insulin resistance, mitochondrial dysfunction, and en-
hanced production of ROS, which act as secondary mes-
sengers by activating serine kinases that phosphorylate IRS
proteins, modulate the insulin response [377]. In addition,
ROS can trigger the inflammatory process by activating
IKKb, which phosphorylate IRS-1 [382]. Several studies
have demonstrated that insulin sensitivity andmitochondrial
function can be modulated by antioxidants, with a subse-
quent decrease in ROS production and an increase in the
expression of UCP2/3 and a decrease in ROS levels [382].
However, the results of the said studies have generated some
controversy [383].

Mitochondrial impairment and insulin resistance have
also been shown to be related to diminishing levels of mito-
chondrial oxidative enzymes, which reduce mitochondrial
complex activity, alter mitochondrial morphology, and limit
mitochondrial number [384]. For example, mitochondrial
oxidative capacity can correlate negatively with insulin sensi-
tivity after the accumulation of intramyocellular lipids [385].

During obesity, there is an increase of triglycerides
in adipose tissue, and consequently glucose metabolism is
altered in other nonadipose tissues. In this sense, it has been
speculated that lipodystrophy induces insulin resistance,
mitochondrial dysfunction, and type 2 diabetes [386]. In
diabetes and obesity, adipocytes can release high amounts of
adipokines, such as resistin, leptin, adiponectin, and TNF-𝛼,
which can regulate metabolic pathways [387]. Furthermore,
the number and morphology of mitochondria, as well as the
expression of genes involved in mitochondrial biogenesis,
are significantly decreased by the energetic alterations that
appear as a result [388]. All of these studies support the idea
that insulin resistance is present in lipodystrophy, obesity,
and type 2 diabetes. This action leads to the accumulation of
intracellular fatty acid metabolites (e.g., diacylglycerol, fatty
acyl CoAs) in muscle and liver, which triggers the activation
of a serine kinase cascade and finally induces defects in
insulin signaling and insulin action in these tissues [389].

Oxidative stress, mitochondrial-endothelial dysfunction,
and insulin resistance are very common in cardiovascular
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diseases such as stroke, silent myocardial ischemia, coronary
artery disease, or hypertension [390]. In this sense, type 2 dia-
betic patients exhibit high blood pressure, whose appearance
is related to hyperglycaemia [391]. In relationship to this idea,
Katz et al. have highlighted that diabetes is associated with
a higher prevalence of calcified atherosclerotic plaque in the
thoracic arteries [392]. Furthermore, endothelial impairment
has been associated with intramyocardial lipid accumulation
and glucose intolerance and, eventually, heart failure [393].

Not all organs are specifically protected against oxidative
stress. For example, the heart, which has a highmetabolic rate
and high beta oxidation and ROS production, contains low
levels of antioxidants, making it particularly susceptible to
oxidative stress, mitochondrial dysfunction, and subsequent
structural and functional abnormalities [394].

Mitochondrial oxidative stress damage and changes in the
morphology/function ofmitochondria have been reported in
an animal model of obesity, namely, insulin-resistant obese
Zucker rats [395]. Obesity and lipotoxicity can also enhance
mitochondrial damage during the development of diabetic
retinopathy [396]. Experiments involving transmission elec-
tron microscopic analysis of myocardial tissue have demon-
strated an increase of abnormal mitochondria in an insulin-
resistant rat model [397]. Another study showed an increase
in the number of mitochondria in hypertrophied rat hearts
under oxidative stress conditions [398]. In disagreement
with these studies, others have failed to find changes in the
number of mitochondria and their DNA content, while some
have even reported reduced numbers in patients and animal
models of pathological hypertrophy [399]. In conclusion,
these results point out the importance of mitochondria in the
heart and would suggest that they enhance CVD, including
heart failure, stroke, cardiomyopathy, coronary heart disease,
silent myocardial ischemia, and hypertension.

Insulin resistance is related to endothelial dysfunction
[400], but the underlying mechanisms are yet to be con-
firmed. In the endothelium, mitochondria play an essen-
tial role by acting as sensors of local alterations in the
concentration of O

2

and as regulators of intracellular Ca2+
concentrations [401]. Taking into account that mitochondrial
dysfunction is related to endothelial dysfunction, different
studies have demonstrated that blockade of ROS generation
can improve endothelial function under hyperglycemia con-
ditions [362, 402].

It is generally recognized that endothelial nitric oxide
synthase (eNOS) plays a key role in the maintenance of
vascular tone and insulin-stimulated NO∙ production in the
endothelium [403]. In fact, poor eNOS activity has been
related to insulin resistance, hypertension, and dyslipidemia
[404]. Therefore, there is an impairment in the NO∙ produc-
tion under insulin resistance conditions, which is related to
the appearance of CVD such as coronary artery disease, heart
failure, stroke, or silent myocardial ischemia.

Insulin-resistant patients can develop type 2 diabetes
when there is impairment in 𝛽-cells, the result of which is an
incapacity to sense glucose properly and release insulin and
failed glucose homeostasis. In this sense,mitochondrial activ-
ity can modulate the potassium channels (𝐾ATP) modulating

ATP/ADP ratio. 𝛽-cell function and mitochondrial function
are related through the ATP/ADP ratio [405]. Furthermore,
mitochondrial Ca2+ levels are crucial to the maintenance of
insulin secretion, as demonstrated by Han et al. who showed
that taurine can enhance the glucose sensitivity of UCP2-
overexpressing 𝛽-cells, probably by enhancing mitochon-
drial Ca2+ influx and subsequently increasing the ATP/ADP
ratio and mitochondrial function [406]. Other studies have
highlighted the importance of mitochondrial function in
glucose homeostasis by using knockout Tfam (Transcription
Factor A, Mitochondrial) mice, Tfam being a nuclear DNA-
encoded mitochondrial protein, which results in a dramatic
mtDNA depletion, a decreased of insulin secretion, reduced
𝛽-cell mass, and the development of diabetes [407]. In
conclusion, all of the abovementioned studies highlight the
fact that preserving mitochondrial function is essential for
𝛽-cell function under oxidative stress conditions and that
mitochondrial impairment contributes to the pathogenesis
of type 2 diabetes by interfering with insulin action and
secretion. Furthermore, high levels of fatty acids can induce
mitochondrial dysfunction and impair insulin signaling due
to oxidative stress and enhanced ROS production. In sum-
mary, we consider that mitochondria should be considered
a key target in therapy for insulin resistance in general and
diabetes in particular.

Finally, we would like to mention that the possible
beneficial effects of RNS and ROS can occur at low levels and
can exert different physiological functions. Cells can produce
H
2

O
2

, O
2

∙−, or NO∙ at physiological levels, but, in the case of
diabetes, basal levels of ROS are elevated, and so these ROS
and RNS are generally harmful. For example, in basal condi-
tions, leukocytes kill pathogens by phagocytosis after which
ROS are released. Basal levels of ROS can also trigger energy
production by mitochondria, induce mitogenic responses,
or activate the release of cytokines or nuclear transcription
factors.

NO∙ can also modulate vascular pressure, leukocyte
adhesion, and angiogenesis. Furthermore, NO∙ is an impor-
tant neurotransmitter and is a key mediator of the immune
response when generated by activated macrophages.
Although different studies suggest that ROS act as secondary
messengers, it is clear that they can be harmful when they
accumulate and disrupt molecules and tissues [12, 408–410].

9. ROS and Neurodegeneration

The brain is composed of two main types of cells: glia and
neurons. Glial cells encompass a wide variety of cells includ-
ing astrocytes, microglia, and oligodendrocytes. Glia cells act
as a neuronal support system and are the most abundant cells
in the nervous system. Astrocytes support neurons in the
brain and regulate the chemical and extracellular environ-
ment. They maintain low levels of ammonia and glutamate
and produce neuroprotective enzymes. Upon activation,
astrocytes repair cellular damage, mount an inflammatory
response, and activate microglia. Microglia, the smallest
glial cells, repair damage due to injury via phagocyto-
sis. Oligodendrocytes are responsible for axon myelination,
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a protective layer required for propagation of action poten-
tials and maintenance of intracellular communication.

Neurons (nerve cells) are the basic structural elements of
the nervous system.Their primary function is to transmit and
receive information through nerve impulses, electrochemical
signals that travel down the neuron. Neurons “sense” changes
in environmental conditions and respond to such changes
via neurotransmission. Neurons consist of three major com-
ponents: the axon, dendrite, and perikaryon (or soma). The
axon, typically ending at a specialized structure called the
synapse, carries impulses to distant locations. The dendrite
acts as the neuronal “receiver” but can also communicate
via neurotransmitters to adjacent neurons. Dendrites become
denser during neurogenesis. Small dendrites do not contain
organelles, but large dendrites have neurofilaments (only
found in neurons), microtubules, ribosomes, and endoplas-
mic reticulum. The perikaryon is the “metabolic hub” of the
neuron. It houses mitochondria, ribosomes, Golgi apparatus,
and endoplasmic reticulum, essential machinery in protein
synthesis and energy production. Neurons are essential in
contributing to emotions, perceptions, and memory and
learning. Neuronal damage can alter these functions and
ultimately lead to overall brain dysfunction and decline in
the cognitive functions previously described. Neurodegener-
ation, an example of neuronal damage, is the loss of neuronal
structures or function. During the aging process, myelin
and neuronal loss occur, dendritic length and branching are
decreased, and global brain volume is reduced. Consequences
of these events include but are not limited to age associated
cognitive decline, memory loss, epigenetic changes, reduced
autophagy, and synaptic plasticity. Excessive neuronal death
resulting in accelerated cognitive decline and memory loss
has been observed in those suffering from neurodegenerative
disorders. Recent findings from Villeda demonstrated a
significant improvement in hippocampal learning exercises
and contextual fear conditioning tasks when old mice were
given plasma from young mice [411]. Other findings from
this study showed an increase in dendritic spine number and
synaptic plasticity in the old mice associated with reversal of
cognitive decline.

Astrocytes are highly abundant throughout the central
nervous system. Due to their extension-like end feet, they
cover the free surfaces of neuronal dendrites and soma.
Astrocytes also cover the inner surface of the one of the
brain’s most important meningeal membranes, the pia mater,
and all blood vessels in the CNS. More importantly, these
end feet surround the brain’s capillary endothelial cells of
the blood-brain barrier. They participate in neurotransmitter
metabolism and play a pivotal role in glutamate uptake
to prevent excitotoxicity. Glutamate is then converted into
glutamine via glutamine synthetase, in which the basic
amino acid is transported into the neuron. Furthermore,
astrocytes maintain the pH of the extracellular space and
ionic environment. In neurodegeneration, these cells can
release cytokines which regulate the inflammatory response.

Microglia act as macrophages in the brain. Phenotypic
characteristics include short spiny projections, which become
enlarged under ROS conditions. Neurodegeneration is a

key promoter of microglial activation; therefore this phe-
nomenon is observed in neurodegenerative disorders includ-
ing Alzheimer’s disease, Parkinson’s disease, amyotrophic
lateral sclerosis, and Huntington’s disease [412]. Microglia
also play a role in generating reactive nitrogen species as
nitric oxide synthases, iNOS andNOX2, andNADPHoxidase
are induced in these glial cells [413]. This NOX2 activation
can lead to a respiratory burst of superoxide flooding the
mitochondria further contributing to neurodegeneration.
In addition to their inflammatory response, microglia also
express multiple ion channels, namely, the sodium, proton,
voltage gatedCa2+ andCl−, and potassium channels. Changes
in ionic concentrations may play a role in depolarization and
action potential initiation, which can trigger inflammation
and neuronal activation.

Activation of these glial cells can have dramatic cellular
effects including prompting an inflammatory response. This
occurs in the normal aging process due to mitochondrial
derived ROS production, which promotes inflammation
and cytokine production [414]. This consequence can be
observed as cognitive deficits as NF𝜅-B is generated and
neuroinflammation occurs. NF𝜅-B serves as a proinflam-
matory agent and a prosurvival molecule by regulating the
inflammatory response. This is an age-dependent process.
If the NF𝜅-B pathway is blocked in old mice, a reversal
of gene expression occurs [415]. Interestingly, NF𝜅-B is
highly associated with RNS as this family of proteins induces
nitric oxide synthase, further promoting nitrosative stress.
Prostaglandin synthesis is also initiated through the NF𝜅-
B signaling cascade, propagating the inflammatory process.
Neuroinflammation can be defined as the increased produc-
tion of a multitude of proinflammatory molecules, mostly
notably interleukin-1𝛽 (IL-1𝛽), tumor necrosis factor𝛼 (TNF-
𝛼), and transforming growth factor 𝛽 (TGF-𝛽). IL-1𝛽 is
a proinflammatory agent that recruits neutrophils as part
of the inflammatory response. This cytokine is frequently
observed in several neurodegenerative disorders [416]. TNF-
𝛼 is a key regulator of the immune system. It has been
shown to be increased in microglia from aged mice in
a lipopolysaccharide induced mouse model [417]. TNF-𝛼
is found predominantly in macrophages. It is released by
activated microglia and astrocytes which perpetuates neu-
rodegeneration and neuroinflammation by increasing levels
of reactive oxygen species, specifically superoxide. The more
the neuronal damage, the more frequent the neuroinflam-
mation as microglia and astrocytes are constantly activated.
In addition to the inflammatory properties of TNF-𝛼, it
directly activates NADPH oxidase which increases levels of
superoxide in the cells similar to NF𝜅-B. NOX2 is highly
expressed via TNF-𝛼, which is linked to excess levels of RNS
[418]. TGF-𝛽 regulates neuroinflammation and apoptosis by
releasing inflammatory cytokines and reactive oxygen species
[419]. TGF-𝛽 is mediated by the Smad3 pathway, which
inhibits the production of free radicals which are normally
promoted in the inflammatory pathway. This pathway is
impaired during neurodegeneration and could contribute to
the disease progression as neuronal loss and neuroinflam-
mation are observed [420]. As these cytokines have been
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tested as biomarkers of oxidative stress, a link between ROS,
neurodegeneration, and neurodegenerative disorders can be
further bolstered.

Oligodendrocytes. Oligodendrocytes are vulnerable to oxida-
tive damage as they have a higher ATP requirement than
other glial cells, contain low levels of glutathione, a potent
antioxidant, and have a high intracellular iron level which can
form prooxidants through Fenton chemistry [421]. The main
function of oligodendrocytes is myelination. The myelin
sheath is a necessary axonal component that increases salta-
tory conduction of action potentials, thereby stimulating
neurotransmission.Demyelinating disorders such asmultiple
sclerosis exhibit motor function decline due to disruption of
action potential propagation from the loss of myelin.

It has been well-established that, in neurodegenerative
disease, neurodegeneration can occur as the result of oxida-
tive stress, the imbalance of antioxidant and prooxidant levels
[422]. Reactive oxygen species levels increase as a function
of age and are even higher in age-related neurodegenerative
disorders [423]; therefore oxidative stress can also occur if
there is an excess of ROS/RNS production or an antioxidant
deficiency [424]. This section of the review will focus on
the interconnection between oxidative stress, reactive oxygen
and nitrogen species, and neurodegeneration in the afore-
mentioned cellular systems and research directed at neuro-
protection, the delay or prevention of neurodegeneration.

9.1. Oxidative Stress. Mitochondria are the key source for free
radicals [425, 426]. A minute amount of electrons leaks from
the mitochondria and reacts with molecular oxygen to form
superoxide. Other sources for free radicals can include envi-
ronmental toxins [427], metal catalyzed reactions, certain
enzymatic reactions (e.g., xanthine/xanthine oxidase), and
cellular processes. During phagocytosis, oxidants are needed
to ingest bacteria, viruses, and other pathogens [428].

9.1.1. Hypochlorous Acid. Hydrogen peroxide can react with
a chloride anion to form hypochlorous acid (HOCl) via
myeloperoxidase (MPO). Myeloperoxidase is largely present
in neutrophils [429] but has also been located in neuronal
cells under certain conditions [430]. Hypochlorous acid can
further react with nitrogen dioxide (NO

2

∙) to form nitryl
chloride (NO

2

Cl), a potent chlorinating and nitrating oxidant
[431]. Phagocytes use HOCl as one of their agents [432].
Hydrogen sulfide (H

2

S) is an inhibitor of HOCl from Cl−.
Myeloperoxidase in the presence of H

2

O converts Cl− into
Cl+; therefore hydrogen sulfide may have a protective effect.
H
2

S levels are lowered in Alzheimer’s disease, a neurological
disorder [433]:

H
2

O
2

+ Cl− MPO
→ HClO (3)

9.1.2. Reactive Nitrogen Species. Similar to ROS, reactive
nitrogen species are highly toxic [434]. Some examples of
RNS, nitric oxide, and nitrogen dioxide will be discussed
below. Reactive nitrogen species cause protein nitration by
variousmethods, which can result in protein dysfunction and
neuronal loss.

NO∙ has been shown to play a role in neurodegenerative
diseases by acting as a neurotoxin when excessively produced
[435]. Hara has shown that glyceraldehyde-3-phosphate
dehydrogenase (GAPDH) acts as NO∙ sensor [436]. NO∙ is
involved in cell signaling pathways immune response and
vasodilation. NO∙ activates protein kinase C (𝜀 isoform),
which activates a specific family of tyrosine kinases that can
stimulate apoptosis [437]. NO∙ can also bind to glutamate
channels and indirectly to calcium and potassium channels
[438]. As glutamate is an excitatory neurotransmitter in the
cell, depolarization of themembrane occurs. Glutamate binds
to the NMDA receptor and an influx of Ca2+ enters the
cell and causes a disruption in calcium homeostasis. This
disruption can eventually lead to cell death.

NO
2

∙ acts as an outdoor and indoor air pollutant from
car emissions, fossil fuels, cigarette smoke, heaters, and gas
stoves, just to name a few [439]. NO

2

∙ is primarily found
in the airways of the terminal bronchi; however, NO

2

∙ may
be found in other areas of the respiratory tract. Minimal
exposure to NO

2

∙ results in long morphological changes
resulting in possible inflammation, pulmonary edema, and
cellular injury [440]. Nitrogen dioxide exposure also leads
to an increase in TBARS, a marker for lipid peroxidation
in lung tissue, and vitamin E treatment showed a reduced
pulmonary injury [441]. NO

2

∙ serves as an oxidant in inflam-
mation mediated by the peroxidases, eosinophil peroxidase,
and myeloperoxidase [442–446]. This gas can oxidize the
antioxidant glutathione and increase activity of glutathione
reductase and glutathione peroxidase [447, 448]. The deple-
tion of glutathione shifts the balance to the side of nitrosative
stress. NO

2

∙ can also be formed by the oxidation of ONOO−,
another potent reactive nitrogen species.

10. An Overview of Some
Neurodegenerative Diseases

Neurodegenerative diseases are a classification of disorders
in which neuronal loss and progressive cognitive decline are
observed.These two consequences contribute to the memory
loss exhibited by those with neurodegenerative disorders.
This level of decline is accelerated in contrast to the normal
aging process. Depending on the specific disease other
characteristics and symptoms include dementia, a decline
in motor function, and depression may be evident. The
phenomenon of oxidative stress has been well-established
in such neurodegenerative disorders as Huntington’s disease
[449, 450], Parkinson’s disease [451], amyotrophic lateral
sclerosis [452], and Alzheimer’s disease [453–455]. This sec-
tion will only highlight the correlation between autophagy,
apoptosis, and oxidative stress in the following neurodegen-
erative diseases: Alzheimer’s disease, Parkinson’s disease, and
amyotrophic lateral sclerosis.

10.1. Alzheimer’s Disease. Alzheimer’s disease (AD), the most
common form of dementia, is a neurodegenerative disease
currently affecting millions of people worldwide. Age is
one risk factor of AD, as the onset of disease typically
occurs at about 65 years old. Although AD is an age-related



24 Oxidative Medicine and Cellular Longevity

neurodegenerative disease, it can be inherited (familial AD)
and sporadic. Familial AD (FAD) is very rare, as it affects less
than 10% of those afflicted with the disease. There are four
distinct types of FAD caused by the genetic factors described
below [456–458]. Sporadic ADusually occurs in the late stage
of AD and is associated with apolipoprotein E4 (APOE4)
allele. Apolipoprotein E (APOE) helps transport cholesterol
into the bloodstream. APOE4 is also involved in learning and
memory as persons with the APOE4 allele showed a decline
in processing new information [459]. APOE4 shows an
increase of amyloid beta peptide and neurofibrillary tangles
(NFT) [460, 461]. Increased oxidative stress is prevalent in
AD and also linked to APOE4 [462, 463]. Ramassamy et al.
demonstrated that tissue from patients with the APOE4 allele
showed a decrease in activity of the antioxidant enzymes
glutathione peroxidase and catalase [463]. Other risk factors
include family history of disease, reduced brain volume,
traumatic brain injury, and low education and mental ability
early in life [464–468].

Extreme neurofibrillary tangles and senile plaques are the
hallmarks of AD. These NFT are composed of paired helical
filaments, which consist of hyperphosphorylated tau protein.
The senile plaques are composed of amyloid beta (A𝛽) pep-
tide. Amyloid precursor protein (APP) is a transmembrane
protein that plays a role in neuronal plasticity, long term
potentiation, and memory loss [469]. APP is proteolytically
cleaved by the enzymes 𝛽-secretase and 𝛾-secretase to form a
40–42 amino acids’ peptide, amyloid beta (A𝛽) peptide. The
two major forms of A𝛽 found in human brain are A𝛽(1–40)
and A𝛽(1–42). A𝛽(1–42) is the more toxic form of A𝛽 and
is the primary component of the senile plaque [470, 471].
A𝛽(1–42) induces oxidative stress in vivo [472, 473] and in
vitro [474]. After this toxic peptide is formed, it can aggregate
and these aggregates can accumulate outside or inside the cell
contributing to the pathogenesis of AD.

There are three human causative genetic alterations in
AD (APP; PS1; and PS2) and several genes associated with
AD (APOE4, 𝛼-2 macroglobulin, chromosome 10, and chro-
mosome 12). APP is a precursor to amyloid beta peptide.
There are several APPmutations (i.e., Artic, Flemish London,
Dutch, Italian, Indiana, Iranian, etc.) that cause AD by
many different mechanisms (i.e., protofibril formation, dense
senile plaques, and increased A𝛽(1–42) production) [457,
475–478]. The highly characterized Swedish mutant Tg2576
transgenic mouse model for Alzheimer’s disease contains
humanAPP and has A𝛽 plaques deposits as early as 9months
old [479, 480], leading to increased memory decline with
age. Presenilin 1 (PS1) and presenilin 2 (PS2) are catalytic
components of 𝛾-secretase and are highly involved in APP
processing. Mutations in PS1 or PS2 show an increase in
A𝛽(1–42) production and are the cause of most FAD cases
[456, 481–484]. Mutations in APP, PS1, and PS2 have been
found in the first clinical stage of AD and MCI [485], early
stage AD (EAD) [486], and late stage AD [487].The APP/PS1
mutant mouse is a common model for AD as it exhibits
early amyloid deposition and increased oxidative stress [488,
489]. A significant increase in levels of protein carbonyls,
4-hydroxynonenal, and 3-nitrotyrosine levels, markers of
oxidative stress, was exhibited in APP/PS1 double mutant

neurons compared to wild type [489]. A triple transgenic
(3XTg-AD) mouse model has been recently used to study the
pathogenesis of Alzheimer disease. Similarly to the double
APP/PS1 mouse, the 3XTg-AD mouse model exhibits oxida-
tive imbalance as antioxidant levels are reduced and lipid
peroxidation and overall brain oxidation are increased [490].

These mice have mutations in the PS1 gene and are
homozygous for the Swedish APP mutation and tau P301L
mutation, making them highly representative of this disorder
and an excellent model to use as amyloid deposition is
observed at 3 months, hippocampal hyperphosphorylated
tau appears at 12–15 months, and synaptic transmission is
impaired at an early age, making them ideal to study this
neurodegenerative disorder.

Chromosome 10 codes several particular genes of interest
as possible risk factors of AD [491]. Insulin degrading enzyme
(IDE) is one such gene. IDE degrades and clears A𝛽 in the
brain [492, 493]. IDE levels are reduced in hippocampus
[494] and this protein’s catalytic activity is lowered in AD as
well [495]. IDE, as the name infers, degrades insulin. Statin
drugs have been shown to promote astrocytic IDE secretion
in AD model to stimulate autophagy [496]. Abnormalities
in insulin metabolism are associated with APOE status. AD
patients with the APOE4 allele had higher insulin levels than
patients without E4 allele [497] Elevated plasma insulin levels
correlate to increased A𝛽 levels, which as previously men-
tioned has detrimental effects [498, 499].Therefore, chromo-
some 10 mutations may be a possible risk factor in AD.
𝛼-2-Macroglobulin (𝛼

2

M) is encoded by chromosome 12
and is thought to be a possible risk factor for AD aswell [500].
𝛼
2

Mprotein binds to A𝛽 and transports it from neurons into
cells for degradation using the LRP receptor [501]. APOEuses
this same receptor to enter into cells. Therefore, APOE4 or
excess APOE may prevent the A𝛽/𝛼

2

M complex from bind-
ing to the receptor and clearing for the neuron. 𝛼

2

Mhas been
shown to be neuroprotective against 𝛽 amyloid fibrils in vitro
[502] and in vivo [503] inhibiting toxicity. Mutations in this
protein may result in A𝛽 deposition and neuron death [504].

Microglial activation has been linked to A𝛽 plaques in
Alzheimer’s disease. This activation results in a neuroinflam-
mation and phagocytic impairment [505].This inflammatory
response leads to the release of TNF-𝛼 and interleukin-1𝛽
[506]. Once the A𝛽 peptide activates the microglia, nitric
oxide is released [413], thereby promoting an oxidative stress
via peroxynitrite elevation which can alter calcium home-
ostasis and promote cellular apoptosis [507].

10.2. Parkinson’s Disease. Parkinson disease (PD), the second
most prevalent age-dependent neurodegenerative disorder, is
classified as a tauopathy, a neurological disorder that exhibits
excessive levels of phosphorylated tau.

Tau is a microtubule-associated protein that is respon-
sible for stabilizing microtubules. Microtubules are neuron-
resident, cylindrically shaped, dynamic structures composed
of alternating rows of 𝛼- and 𝛽-tubulin. Microtubules play a
pivotal role in facilitating intracellular transport by assisting
in motor protein-driven transport of vesicles, mitochondria,
and other cargos in neurons. If tau is damaged, it can
no longer stabilize these microtubules, thereby reducing
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transport of critical factors to the neuron due to cytoskeletal
disintegration. Ultimately, neurons become energy starved
leading to apoptosis. Parkinson’s disease is strongly correlated
with neuroinflammation which is demonstrated by activated
astrocytes and microglia in the central nervous system. The
activation of these glial cells is detrimental to neurons and
promotes neuronal loss.

Parkinson’s disease presents as a decline in motor func-
tion in the form of resting tremors, muscle rigidity, and
dyskinesia. This disease is attributed to protein aggregates of
𝛼-synuclein, a protein whose main function is mitochondrial
functionality, vesicle trafficking, and synaptic vesicle forma-
tion [508, 509]. Alpha synuclein is predominantly located
in the presynaptic terminals; thereby accumulation results
in poor neurotransmission. These aggregates are the major
component of Lewy bodies located primarily in the putamen
and substantia nigra of the brain. These two regions are
largely involved in motor movement and learning. Activated
microglia are found largely in the substantia nigra and
striatum of PD animals [510]. Oxidative stress in PD brain
is evident by DNA damage [511] and increased levels of
carbonylated proteins [512]. Neuronal dopamine, a key neu-
rotransmitter involved in motor function, levels are signifi-
cantly diminished in the substantia nigra causing substantial
neuronal death. Aggregation also leads to Complex I impair-
ment in dopaminergic neurons [513]. Protein aggregation in
combination with dopamine loss causes a profound effect on
the physical capabilities of persons suffering from Parkinson
disease and late in the disease cognitive dysfunction is often
observed. Posttranslational nitration of alpha synuclein [514]
andComplex I [508] lead to altered energymetabolismwhich
is evident in neurodegenerative disorders that are associated
with oxidative stress.

The most commonly used models of PD include treat-
ment with rotenone, 6-OHDA, or 1-methyl-4-phenyl-1,2,5,6-
tetrahydropyridine (MPTP) induction. As muscle rigidity
is a hallmark of PD, mitochondria are highly impacted by
this neurodegenerative disease. Both the Krebs cycle and
oxidative phosphorylation are the major energy generating
processes of the mitochondria. When combined, both pro-
cesses yield approximately 40 ATP molecules, providing the
necessary energy for the body’s daily function. Rotenone is an
inhibitor to Complex I in themitochondria, thereby reducing
the proton gradient and energy production of the cell.
Neurons treated with as little as 0.3 𝜇Mof rotenone generated
superoxide radicals, thereby promoting oxidative stress [515].

1-Methyl-4-phenyl-4-propionoxy-piperidine (MPPP)
and 1-methyl-4-phenyl-1,2,5,6-tetrahydropyridine (MPTP)
have been shown to induce PD pathology [516]. Originally,
they were discovered in heroin patients who developed
Parkinsonian-like symptoms following use of a “synthetic
heroin” distributed in California in the 1980s. This synthetic
blend was a mixture of MPTP and MPPP. MPTP easily
crosses the blood-brain barrier and is taken up by astrocytes
andmetabolized into 1-methyl-4-phenylpyridinium (MPP+),
which further breaks down into toxic compounds including
3,4-dihydroxyphenylacetaldehyde (DOPAL) [517], a com-
pound that removes dopamine from synaptic vesicles. The
oxidized product, MPP+, inhibits Complex I of the electron

transport chain working in a similar mechanism as rotenone.
MPTP induces a slow progression of the nonmotor and
motor symptoms of PD, allowing for longitudinal studies
that demonstrate a realistic progression of PD. This is
preferred by PD researchers over other toxins such as 6-hy-
droxydopamine (6-OHDA) [517].

Recent research has investigated the use of gliptins to
prevent neuronal loss in animal models of Parkinson’s dis-
ease. Gliptins are peptides that prevent neurodegeneration
by preventing apoptosis and neuroinflammation by altering
GLP-1, a glucagon-like peptide-1. Abdelsalam has shown that
vildagliptin, a dipeptidyl peptidase, reduced iNOS, caspase-3,
and myeloperoxidase levels. The antioxidant potential of this
drug also blocked the RAGE/NFK-𝛽 cascade, thereby lessen-
ing neuroinflammation in the rodent rotenone Parkinsonian
model [518]. Additionally, activation of aldehyde dehydroge-
nase, a mitochondrial enzyme responsible for detoxification
of toxic aldehydes, has been shown to protect SH-SY5Y
cells against rotenone-induced apoptotic cell death, thereby
lowering oxidative stress levels [519]. Other studies involving
the upregulation of antioxidants to promote cell survival in
rotenone cell mediated toxicity and MPTP-induced Parkin-
son disease include ferulic acid (Ojha, DDT, 2015), catalase
[520], a sirtuin, SIRT5 [521], pyrroloquinoline quinone [522],
and the phenylpropanoid glycoside salidroside [523]. These
results are promising in the development of a potential
Parkinson’s disease strategy.

The neurotoxin 6-hydroxydopamine (6-OHDA) is also
capable of inducing Parkinson’s-like symptoms, and its use
in animal models of PD predates the discovery of MPTP’s
neurotoxic properties [524]. This destroys tyrosine hydrox-
ylase (TH) containing neurons [517]. TH catalyzes the rate-
limiting step for the production of dopamine, a pivotal neu-
rotransmitter involved in motor functions. This neurotoxin
plays a key role in modifying the nigrostriatal pathway in
which dopaminergic neurons are produced.

Recently, Kostrzewa et al. have shown that early admin-
istration of 6-OHPA promotes a lifelong model for severe
Parkinson’s disease [525]. In this study, bilateral intracister-
nal or intracerebroventricular administration of 6-hydrox-
ydopamine (6-OHDA) was given to perinatal rats. Ele-
vated levels of hydroxyl radical and extreme loss of stri-
atal dopaminergic neurons were observed. However, there
were no differences in lifespan, feeding behavior, or motor
function. This novel model promotes lifelong Parkinsonian
symptoms without the characteristic motor deficits observed
in PD, providing a truly unique system to study Parkin-
son’s disease progression. Other studies aimed at reduc-
ing the oxidative stress promoted by 6-OHDA induction
include the administration of antioxidants that also have
anti-inflammatory properties such as echinacoside [526],
PEG conjugated recombinant human FGF-2 [527], madopar
(a combination of the dopamine precursor, levodopa, and
benserazide, a decarboxylase inhibitor) [528], guanosine, an
MPP+ antagonist [529], and carnosine [530]. A safe, effective,
combinatorial therapy of GAD and AAV2 vector which
codes for the dopamine synthetic enzyme, aromatic-l-amino
decarboxylase (AADC), has yielded encouraging results in
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a small number of PD patients by improving motor perfor-
mance [531, 532]. This drug is currently in Phase II clinical
trial testing. These treatment strategies bolster the theory
of oxidative stress as a contributor to neurodegeneration
observed in neurodegenerative diseases.

10.3. Amyotrophic Lateral Sclerosis. Amyotrophic lateral scle-
rosis (ALS), commonly known as Lou Gehrig’s disease, is a
progressive neurodegenerative disorder in which all volun-
tary muscle movement is lost within 1–5 years after disease
diagnosis. This disorder rapidly progresses to death within
2–5 years after the first symptoms are observed. ALS has
two forms: sporadic or inherited (familial), with approx-
imately 90% of all ALS cases classified as sporadic. Like
PD, motor neurons are greatly affected in ALS resulting in
muscle weakness, spasticity, and atrophy [533]. In the motor
cortex, cerebellum, and parietal cortex, both forms of ALS
display protein oxidation, DNA damage, and MDAmodified
proteins. Patients suffering from sporadic ALS showed a
significant increase in these aforementioned oxidative insults
compared to familial ALS subjects, thereby supporting the
role of oxidative stress in amyotrophic lateral sclerosis [452].
Twenty percent of persons with inherited ALS have a muta-
tion in the antioxidant enzyme superoxide dismutase, which
leads to cellular toxicity [534]. This mutation lowers the
ability to combat potentially harmful free radicals, thereby
increasing levels of oxidative stress [535]. Mutant SOD1 can
aggregate in the cytoplasm in motor neurons of inherited
ALS patients and in various mouse models. These aggregates
are capable of inducing apoptosis in cortical neurons of the
G93A-SOD1 mouse, which has been widely studied as it has
pathology similar to that of ALS. In the G93A-SOD1 mouse
model, Ala for Gly substitution occurs at position 93. This
transgenic mouse overexpresses mutant human SOD1 and
exhibits the age-dependent motor neuronal characteristics
associated with amyotrophic lateral sclerosis. In familial
ALS patients with SOD1 mutations, a significant increase
in oxidative stress, as indexed by protein carbonyls, was
observed compared to control subjects [536].

It has been speculated that autophagy may play a direct
role in neurodegeneration via this glutamate mechanism.
This prevents the accumulation of proteins thereby reducing
the risk of several neurodegenerative disorders including
Alzheimer’s disease (accumulation of A𝛽), Parkinson’s dis-
ease (accumulation of alpha synuclein), and Huntington’s
disease (accumulation of the huntingtin protein). Interest-
ingly, Manchon has shown that the huntingtin protein is
degraded by sphingosine kinase 1 in the sphingosine-1-
phosphate pathway to promote cell survival via autophagy
[537]. These results show a novel target for treatment of
neurodegenerative disease. Defects in this process have been
strongly associated with neurodegeneration [538, 539].

As ALS is a motor neuron disorder, the motor neurons
of the central nervous system are greatly affected. Rojas
et al. have shown that, in astrocytes of conditioned media
that express human SOD1 in the G93A mouse model, c-Abl
was activated [540]. This activation also caused opening of
the mitochondrial permeability transition pore. C-Abl is a

tyrosine kinase that promotes apoptosis and ROS generation.
Administration of the antioxidants trolox, esculetin, and
tiron prevented c-Abl activation, thereby reducing oxidative
stress and neuronal loss. In cell culture, it has been demon-
strated that cells from the spinal cords of G93A mice overex-
press transcription factor EB, which regulates autophagy.The
expression of beclin-1 and LC3-II, both crucial autophagic
markers, was observed as well in this study [541].

10.4. Mitochondrial Effect. Mitochondria are the powerhouse
of ATP production in the cell. Mitochondria travel on
microtubules with assistance of motor proteins (kinesin and
dynein) to the presynaptic terminal and return to the soma.
Mitochondrial dysfunction is a classic event observed in neu-
rodegeneration as increased oxidative stress has deleterious
effects on the mitochondria. Reduced energy metabolism
has been observed in most neurodegenerative disorders.
Dysregulation of mitochondria may also lead to alterations
in the mitochondrial membrane potential which is an early
characteristic of apoptosis. One leading theory to prevent
neurodegeneration is reversing mitochondrial dysfunction.
Several antioxidant therapies have been strategically targeted
to the mitochondria to support this notion. Coenzyme Q

10

(CoQ
10

) plays a key role in oxidative phosphorylation and
has neuroprotective properties. It has been widely investi-
gated in the treatment of neurodegenerative disorders [542,
543]. This quinone delays functional decline but does not
increase dopamine levels. Although coenzymeQ

10

has shown
promising results, its transport across the blood-brain barrier
is poor. A new family of mitochondrial antioxidants, the
Szeto-Schiller (SS) peptides, have shown an increase in
motor function and cell survival [544]. These antioxidants
have also protected dopaminergic neurons against MPTP
neurotoxicity, thereby reducing effects of Parkinson’s disease
and stimulating the field of Parkinson’s disease research.
Another avenue of treatment includes stimulation of the high
mobility group box 1 protein (HMGB-1). The high mobility
group box 1 protein is a chromatin binding protein that
recognizes DNA damage and promotes binding to p53 to
stimulate an oxidative stress response, namely, autophagy or
apoptosis. Studies investigating the correlation of HMGB-
1 and mitochondrial dysfunction in 3-nitropropionic acid
treated animals have been conducted to study the role
HGMB-1 may have on striatal neurodegeneration in vivo
and in vitro [545]. They demonstrated that HMGB-1 binds
to beclin-1 to regulate autophagy, thereby establishing a
new mechanism to study in striatal neurodegeneration via
autophagy and apoptosis.

Oxidative stress is a well-established phenomenon that
occurs in neurodegenerative disease. This coupled with an
increase in apoptosis and autophagy contributes to the neu-
rodegeneration and memory loss observed in Alzheimer’s
disease, Parkinson’s disease, and amyotrophic lateral sclero-
sis. Reactive oxygen and nitrogen species are highly abundant
in these disorders aswell. Newantioxidant andmitochondrial
based therapies showpromise to reduce neuronal cell loss and
promote neuroprotection, which will have a positive effect on
patient outcomes.
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11. Conclusions

In the whole, available data indicate that mitochondria are
a significant source of ROS, but evidence for or against
mitochondria being the main source of cellular ROS is
lacking. However, there is convincing evidence that increases
in mitochondrial ROS production can lead to mitochondrial
and cellular oxidative stress and dysfunction, even though
the same ROS can trigger mechanisms of tissue protection
against excessive oxidative stress. Less information is avail-
able on role played by other cellular ROS sources in these
processes. However, accumulating evidence favors the idea
that, in many cells and conditions, such sources play a role in
cellular oxidative damage as well as in survival mechanisms
activated by oxidative stress, contributing to tissue rescue
from excessive damage and dysfunction.

Competing Interests

The authors declare that there is no conflict of interests
regarding the publication of this paper.

Authors’ Contributions

Sergio Di Meo, Tanea T. Reed, Paola Venditti, and Victor
Manuel Victor contributed equally to this work.

Acknowledgments

This study was financed by Grants PI13/1025 and UGP-14-95
and by the European Regional Development Fund (ERDF “A
way to build Europe”). Victor Manuel Victor is a recipient
of contract from the Ministry of Health of the Valen-
cian Regional Government and Carlos III Health Institute
(CES10/030).

References

[1] M. Gomberg, “An instance of trivalent carbon: triphenyl-
methyl,” Journal of the American Chemical Society, vol. 22, no.
2, pp. 757–771, 1900.

[2] B. Commoner, J. Townsend, and G. E. Pake, “Free radicals in
biological materials,” Nature, vol. 174, no. 4432, pp. 689–691,
1954.

[3] R. Gerschman, D. L. Gilbert, S. W. Nye, P. Dwyer, and W. O.
Fenn, “Oxygen poisoning and X-irradiation: a mechanism in
common,” Science, vol. 119, no. 3097, pp. 623–626, 1954.

[4] D. Harman, “Aging: a theory based on free radical and radiation
chemistry,” Journal of Gerontology, vol. 11, no. 3, pp. 298–300,
1956.

[5] J. M. McCord and I. Fridovich, “Superoxide dismutase. An
enzymic function for erythrocuprein (hemocuprein),”The Jour-
nal of Biological Chemistry, vol. 244, no. 22, pp. 6049–6055, 1969.

[6] G. Bartosz, “Reactive oxygen species: destroyers or messen-
gers?” Biochemical Pharmacology, vol. 77, no. 8, pp. 1303–1315,
2009.

[7] B.Halliwell, “Oxidants andhumandisease: somenew concepts,”
The FASEB Journal, vol. 1, no. 5, pp. 358–364, 1987.

[8] R. Radi, “Peroxynitrite, a stealthy biological oxidant,”The Jour-
nal of Biological Chemistry, vol. 288, no. 37, pp. 26464–26472,
2013.

[9] B. P. Yu, “Cellular defenses against damage from reactive oxygen
species,” Physiological Reviews, vol. 74, no. 1, pp. 139–162, 1994.

[10] H. Sies, Oxidative Stress, Oxidants and Antioxidants, Academic
Press, London, UK, 1991.

[11] M. Valko, D. Leibfritz, J. Moncol, M. T. D. Cronin, M. Mazur,
and J. Telser, “Free radicals and antioxidants in normal physi-
ological functions and human disease,” International Journal of
Biochemistry & Cell Biology, vol. 39, no. 1, pp. 44–84, 2007.

[12] H. Y. Aboul-Enein, P. Berczyński, and I. Kruk, “Phenolic com-
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sin D mediates cytochrome c release and caspase activation
in human fibroblast apoptosis induced by staurosporine,” Cell
Death and Differentiation, vol. 10, no. 11, pp. 1253–1259, 2003.

[209] L. Galluzzi, J. M. Vicencio, O. Kepp, E. Tasdemir, M. C. Maiuri,
and G. Kroemer, “To die or not to die: that is the autophagic
question,” Current Molecular Medicine, vol. 8, no. 2, pp. 78–91,
2008.

[210] S. Shimizu, T. Kanaseki, N. Mizushima et al., “Role of Bcl-
2 family proteins in a non-apoptotic programmed cell death
dependent on autophagy genes,” Nature Cell Biology, vol. 6, no.
12, pp. 1221–1228, 2004.
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management at the ER: regulators of ER stress-induced apopto-
sis,” Pharmacology andTherapeutics, vol. 134, no. 3, pp. 306–316,
2012.

[217] K. M. Doyle, D. Kennedy, A. M. Gorman, S. Gupta, S. J. M.
Healy, and A. Samali, “Unfolded proteins and endoplasmic
reticulum stress in neurodegenerative disorders,” Journal of
Cellular and Molecular Medicine, vol. 15, no. 10, pp. 2025–2039,
2011.

[218] E. Szegezdi, S. E. Logue, A. M. Gorman, and A. Samali,
“Mediators of endoplasmic reticulum stress-induced apopto-
sis,” EMBO Reports, vol. 7, no. 9, pp. 880–885, 2006.

[219] W.-X. Ding, H.-M. Ni, W. Gao et al., “Differential effects
of endoplasmic reticulum stress-induced autophagy on cell
survival,”The Journal of Biological Chemistry, vol. 282, no. 7, pp.
4702–4710, 2007.

[220] V. Nikoletopoulou, M. Markaki, K. Palikaras, and N. Taver-
narakis, “Crosstalk between apoptosis, necrosis and autophagy,”
Biochimica et Biophysica Acta—Molecular Cell Research, vol.
1833, no. 12, pp. 3448–3459, 2013.

[221] N. Morishima, K. Nakanishi, H. Takenouchi, T. Shibata, and
Y. Yasuhiko, “An endoplasmic reticulum stress-specific caspase
cascade in apoptosis. Cytochrome c-independent activation of
caspase-9 by caspase-12,” The Journal of Biological Chemistry,
vol. 277, no. 37, pp. 34287–34294, 2002.



34 Oxidative Medicine and Cellular Longevity

[222] M. S. Ola, M. Nawaz, and H. Ahsan, “Role of Bcl-2 family pro-
teins and caspases in the regulation of apoptosis,”Molecular and
Cellular Biochemistry, vol. 351, no. 1-2, pp. 41–58, 2011.

[223] L. O’Connor, A. Strasser, L. A. O’Reilly et al., “Bim: a novel
member of the Bcl-2 family that promotes apoptosis,” The
EMBO Journal, vol. 17, no. 2, pp. 384–395, 1998.

[224] M. Ott, V. Gogvadze, S. Orrenius, and B. Zhivotovsky, “Mito-
chondria, oxidative stress and cell death,” Apoptosis, vol. 12, no.
5, pp. 913–922, 2007.

[225] O. Ivashchenko, P. P. Van Veldhoven, C. Brees, Y.-S. Ho, S.
R. Terlecky, and M. Fransen, “Intraperoxisomal redox balance
in mammalian cells: oxidative stress and interorganellar cross-
talk,”Molecular Biology of the Cell, vol. 22, no. 9, pp. 1440–1451,
2011.

[226] B. Wang, P. P. Van Veldhoven, C. Brees et al., “Mitochondria
are targets for peroxisome-derived oxidative stress in cultured
mammalian cells,” Free Radical Biology and Medicine, vol. 65,
pp. 882–894, 2013.

[227] S. H. Kaufmann and M. O. Hengartner, “Programmed cell
death: alive and well in the new millennium,” Trends in Cell
Biology, vol. 11, no. 12, pp. 526–534, 2001.

[228] M. Zhao, F. Antunes, J. W. Eaton, and U. T. Brunk, “Lysosomal
enzymes promote mitochondrial oxidant production, cyto-
chrome c release and apoptosis,” European Journal of Biochem-
istry, vol. 270, no. 18, pp. 3778–3786, 2003.

[229] F. Antunes, E. Cadenas, and U. T. Brunk, “Apoptosis induced
by exposure to a low steady-state concentration of H

2

O
2

is a
consequence of lysosomal rupture,” Biochemical Journal, vol.
356, no. 2, pp. 549–555, 2001.

[230] Y. Ogawa, T. Kobayashi, A. Nishioka et al., “Reactive oxy-
gen species-producing site in radiation-induced apoptosis of
human peripheral T cells: involvement of lysosomal membrane
destabilization,” International Journal of Molecular Medicine,
vol. 13, no. 1, pp. 69–73, 2004.

[231] E. Nilsson, R. Ghassemifar, and U. T. Brunk, “Lysosomal het-
erogeneity between and within cells with respect to resistance
against oxidative stress,” Histochemical Journal, vol. 29, no. 11-
12, pp. 857–865, 1997.

[232] M.-A. Raymond, L. Mollica, N. Vigneault et al., “Blockade
of the apoptotic machinery by cyclosporin A redirects cell
death toward necrosis in arterial endothelial cells: regulation by
reactive oxygen species and cathepsin D,” The FASEB Journal,
vol. 17, no. 3, pp. 515–517, 2003.

[233] P. D. Gollnick and D. W. King, “Effect of exercise and training
on mitochondria of rat skeletal muscle,” The American Journal
of Physiology, vol. 216, no. 6, pp. 1502–1509, 1969.

[234] D. W. King and P. D. Gollnick, “Ultrastructure of rat heart
and liver after exhaustive exercise,” The American Journal of
Physiology, vol. 218, no. 4, pp. 1150–1155, 1970.

[235] C. B. Ebbeling and P. M. Clarkson, “Exercise-induced muscle
damage and adaptation,” Sports Medicine, vol. 7, no. 4, pp. 207–
234, 1989.

[236] L. J. McCutcheon, S. K. Byrd, and D. R. Hodgson, “Ultrastruc-
tural changes in skeletal muscle after fatiguing exercise,” Journal
of Applied Physiology, vol. 72, no. 3, pp. 1111–1117, 1992.

[237] P. M. Clarkson, “Eccentric exercise and muscle damage,” Inter-
national Journal of Sports Medicine, Supplement, vol. 18, no. 4,
pp. S314–S317, 1997.

[238] D. E. R. Warburton, C. W. Nicol, and S. S. D. Bredin, “Health
benefits of physical activity: the evidence,” Canadian Medical
Association Journal, vol. 174, no. 6, pp. 801–809, 2006.

[239] S. R. Colberg, “Physical activity, insulin action, and diabetes
prevention and control,” Current Diabetes Reviews, vol. 3, no.
3, pp. 176–184, 2007.

[240] S. G. Wannamethee, A. G. Shaper, and M. Walker, “Changes
in physical activity, mortality, and incidence of coronary heart
disease in older men,” The Lancet, vol. 351, no. 9116, pp. 1603–
1608, 1998.

[241] D. J. O’Gorman and A. Krook, “Exercise and the treatment of
diabetes and obesity,” Endocrinology and Metabolism Clinics of
North America, vol. 37, no. 4, pp. 887–903, 2008.

[242] F. Edelmann, V. Grabs, andM. Halle, “Exercise training in heart
failure,” Internist, vol. 55, no. 6, pp. 669–675, 2014.

[243] C. J. Dillard, R. E. Litov, W. M. Savin, E. E. Dumelin, and A. L.
Tappel, “Effects of exercise, vitamin E, and ozone on pulmonary
function and lipid peroxidation,” Journal of Applied Physiology
Respiratory Environmental and Exercise Physiology, vol. 45, no.
6, pp. 927–932, 1978.

[244] K. J. A. Davies, A. T. Quintanilha, G. A. Brooks, and L. Packer,
“Free radicals and tissue damage produced by exercise,” Bio-
chemical and Biophysical Research Communications, vol. 107, no.
4, pp. 1198–1205, 1982.

[245] C. T. Kumar, V. K. Reddy, M. Prasad, K. Thyagaraju, and P.
Reddanna, “Dietary supplementation of vitamin E protects
heart tissue from exercise-induced oxidant stress,” Molecular
and Cellular Biochemistry, vol. 111, no. 1-2, pp. 109–115, 1992.

[246] M. J. Jackson, R. H. T. Edwards, andM. C. R. Symons, “Electron
spin resonance studies of intact mammalian skeletal muscle,”
Biochimica et Biophysica Acta (BBA)—Molecular Cell Research,
vol. 847, no. 2, pp. 185–190, 1985.

[247] T. Ashton, C. C. Rowlands, E. Jones et al., “Electron spin res-
onance spectroscopic detection of oxygen-centred radicals in
human serum following exhaustive exercise,” European Journal
of Applied Physiology and Occupational Physiology, vol. 77, no.
6, pp. 498–502, 1998.

[248] S.Mrakic-Sposta, M. Gussoni, S. Porcelli et al., “Training effects
on ROS production determined by electron paramagnetic res-
onance in master swimmers,” Oxidative Medicine and Cellular
Longevity, vol. 2015, Article ID 804794, 8 pages, 2015.

[249] T.Ashton, I. S. Young, J. R. Peters et al., “Electron spin resonance
spectroscopy, exercise, and oxidative stress: an ascorbic acid
intervention study,” Journal of Applied Physiology, vol. 87, no. 6,
pp. 2032–2036, 1999.

[250] H.M.Alessio andA.H.Goldfarb, “Lipid peroxidation and scav-
enger enzymes during exercise: adaptive response to training,”
Journal of Applied Physiology, vol. 64, no. 4, pp. 1333–1336, 1988.

[251] P. Venditti and S. Di Meo, “Antioxidants, tissue damage, and
endurance in trained and untrained young male rats,” Archives
of Biochemistry and Biophysics, vol. 331, no. 1, pp. 63–68, 1996.

[252] P. Venditti and S. Di Meo, “Effect of training on antioxidant
capacity, tissue damage, and endurance of adult male rats,”
International Journal of Sports Medicine, vol. 18, no. 7, pp. 497–
502, 1997.

[253] S. Carfagna, G. Napolitano, D. Barone, G. Pinto, A. Pollio, and
P. Venditti, “Dietary supplementation with the microalga Gal-
dieria sulphuraria (Rhodophyta) reduces prolonged exercise-
induced oxidative stress in rat tissues,” Oxidative Medicine and
Cellular Longevity, vol. 2015, Article ID 732090, 11 pages, 2015.

[254] C.-C. Huang, T.-J. Lin, Y.-F. Lu, C.-C. Chen, C.-Y. Huang, and
W.-T. Lin, “Protective effects of L-arginine supplementation
against exhaustive exercise-induced oxidative stress in young
rat tissues,”Chinese Journal of Physiology, vol. 52, no. 5, pp. 306–
315, 2009.



Oxidative Medicine and Cellular Longevity 35

[255] W. Ziolkowski, D. J. Flis, M. Halon et al., “Prolonged swimming
promotes cellular oxidative stress and p66Shc phosphorylation,
but does not induce oxidative stress in mitochondria in the rat
heart,” Free Radical Research, vol. 49, no. 1, pp. 7–16, 2015.
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The aim of this study was to evaluate the involvement of TNF-𝛼 and insulin resistance (IR) in the inflammatory process, oxidative
stress, and disease activity in patients with rheumatoid arthritis (RA). This cross-sectional study included 270 subjects (control
group, 𝑛 = 97) and RA patients (𝑛 = 173). RA patients were divided into four groups: the first group without IR and not using
antitumor necrosis factor-𝛼 (TNF−) (G1, IR−TNF−); the second groupwithout IR and using anti-TNF-𝛼 (G2, IR−TNF+); the third
group with IR and not using anti-TNF-𝛼 (G3, IR+ TNF−); and the fourth group with IR and using anti-TNF-𝛼 (G4, IR+ TNF+). G3
and G4 had higher (𝑝 < 0.05) advanced oxidation protein products (AOPPs) and oxidative stress index (OSI) compared to G1. G4
group presented higher (𝑝 < 0.05) AOPPs and OSI than G2. TRAP was significantly lower in G3 compared to G1. Plasma TNF-𝛼
levels were significantly higher in G4 and G2 compared to G1 (𝑝 < 0.0001) and G3 (𝑝 < 0.0001 and 𝑝 < 0.01, resp.). The presence
of insulin resistance was robustly associated with both oxidative stress and TNF-𝛼 levels. More studies are warranted to verify if IR
can be involved in therapeutic failure with TNF-𝛼 inhibitors. This trial is registered with Brazilian Clinical Trials Registry Register
number RBR-2jvj92.

1. Introduction

Rheumatoid arthritis (RA) is a chronic inflammatory disease
that leads to severe joint destruction. In addition, RA patients
have higher risk of developing cardiovascular disease (CVD)
and this is related to chronic inflammation [1] and corti-
costeroids treatment [2, 3]. Systemic chronic inflammation
and proinflammatory cytokines have been proposed asmajor
protagonists in the pathogenesis of insulin resistance (IR),
an important factor for CVD [4, 5]. TNF-𝛼 plays a central

role in the pathogenesis of RA [6, 7] and has also been
implicated in the development of IR [4, 8]. In addition, single
infusion of the anti-TNF-𝛼 monoclonal antibody decreased
insulin resistance inRApatients [9]. Abnormalities in glucose
metabolism have been well documented in RA patients and
may also correlate with Disease Activity Score evaluating 28
joints (DAS 28) [9].

Oxidative stress has a prominent role in the etiology and
pathogenesis of joint tissue injury and chronic inflammation
in patients with RA, which may lead to connective tissue
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degradation and joint and periarticular deformities [10].
Reactive oxygen species (ROS) have been considered an
enhancer factor for autoimmune disease risk [11]. ROS are
important intracellular signaling molecules in the cells of
the immune system that amplify the synovial inflammatory-
proliferative response [12]. Previous studies showed that
elevated levels of lipoperoxidation and decreased antioxidant
system in RA are positively correlated with DAS 28 and
high sensitivity C-reactive protein (hsCRP) [13, 14]. Tumor
necrosis factor-alpha (TNF-𝛼) can induce higher oxidative
stress by initiators of the nuclear factor kappa B activation
cascade and is under its transcriptional control, constituting
a positive feedback loop [11]. Moreover, anti-TNF-𝛼 therapy
can reduce oxidative stress in patients with RA [15, 16].

Our group has investigated the development of IR and
the metabolic syndrome in chronic inflammatory diseases
[17–20] and these reports have found an important role of
oxidative stress in the development andmaintenance of these
conditions. Therefore, it seems that chronic inflammation
and oxidative stress contribute to the pathogenesis of both
RA and IR. Furthermore, previous studies have shown that IR
[8, 21–23] and oxidative stress [15, 16, 24–26], independently,
may impair disease activity in patients with RA.

Therefore, the aim of the present study was to verify the
influence of insulin resistance and TNF-𝛼 on the inflamma-
tory process, oxidative stress, and disease activity in patients
with RA.

2. Patients and Methods

2.1. Subjects. This cross-sectional study included 270 sub-
jects, healthy individuals (control group, 𝑛 = 97) and RA
patients (𝑛 = 173), aged between 18 and 70 years. The
control group was selected from among blood donors of the
UniversityHospital whodid not present autoimmunedisease,
and RA patients were selected from among the Ambulatory
of Rheumatology of the University Hospital of Londrina,
Paraná, Brazil. RA patients were initially divided into two
groups: the first group without IR (IR−, 𝑛 = 91) and the
second group with IR (IR+, 𝑛 = 82). After that, to verify
the influence of insulin resistance and also of anti-TNF-
𝛼 therapy on anthropometric, biochemical, immunological,
and oxidative stress parameters in patients with RA, they
were divided into four groups: the first group (control group)
without IR andnot using anti-TNF-𝛼 therapy (G1, IR− TNF−,
𝑛 = 71); the second group without IR and using anti-TNF-𝛼
therapy (G2, IR− TNF+, 𝑛 = 20); the third group with IR
and not using anti-TNF-𝛼 therapy (G3, IR+ TNF−, 𝑛 = 63);
and the fourth group with IR and using anti-TNF-𝛼 therapy
(G4, IR+ TNF+, 𝑛 = 19). RA patients (G2 and G4) were
using anti-TNF-𝛼 therapy at least for sixmonths. Sex, age, and
ethnicity were controlled. RA was classified according to the
2010 rheumatoid arthritis classification criteria [27].

Disease activity status was determined using DAS 28 [9]
and patientswere classified into four different groups, namely,
(1) remission group: DAS 28 ≤ 2.6; (2) low disease activity
group: 2.6<DAS 28≤ 3.2; (3)moderate disease activity group

3.2 < DAS 28 ≤ 5.1; and (4) high disease activity group: DAS
28 > 5.1.

None of the subjects was receiving a specific diet. The
individuals of both groups (control and RA) did not smoke
and did not drink alcohol regularly. None of the participants
in the study presented heart, thyroid, renal, hepatic, gastroin-
testinal, or oncological diseases, and none were receiving
estrogen replacement therapy or drugs for hyperlipidemia
or hyperglycemia or antioxidant supplements. This study
was conducted according to the guidelines laid down in
the Declaration of Helsinki and the Ethical Committee of
the University of Londrina, Paraná, Brazil, approved all
procedures involving human subjects and patients. Written
informed consent was obtained from all subjects/patients.

2.2. Anthropometric Measurements. Body weight was mea-
sured in the morning to the nearest 0.1 kg by using an
electronic scale with individuals wearing light clothing and
without shoes; height was measured to the nearest 0.1 cm
by using a stadiometer. Body mass index was calculated as
weight (kg) divided by height (m) squared. Waist circum-
ference (WC) was measured on standing subjects midway
between the lowest rib and the iliac crest.

2.3. Biochemical, Immunological, andHematological Biomark-
ers. After fasting for 12 hours, serum or plasma samples were
obtained and the patients underwent the following laboratory
blood analysis: glucose and uric acid (UA) were evaluated
by a biochemical autoanalyzer (Dimension Dade AR, Dade
Behring�, Deerfield, IL, USA), using Dade Behring kits;
plasma insulin level and anticyclic citrullinated peptide (anti-
CCP) antibody were determined by chemiluminescence
microparticle immunoassay (Architect, Abbott Laboratory,
Abbott Park, IL, USA). The homeostasis model assessment-
IR (HOMA-IR) was used as a surrogate measurement of
insulin resistance [28]. Consider the following: HOMA-IR =
insulin fasting (𝜇U/mL) × glucose fasting (nmol/L)/22.5. IR
was considered when HOMA-IR ≥ 2.114 [8]. Serum high
sensitivity CRP (hsCRP) and rheumatoid factor (RF) were
measured using a nephelometric assay (Behring Nephelome-
ter II, Dade Behring, Marburg, Germany). TNF-𝛼 levels were
measured by a sandwich enzyme-linked immunosorbent
assay (ELISA) using a commercial immunoassay ELISA
(Ready-SET-Go! Set, e-Bioscience, San Diego, California,
USA). Erythrocyte sedimentation rate (ESR) was obtained
by automated kinetic-photometricmethod (Ves-Matic CUBE
30, DIESSE, Siena, Italy).

2.4. Oxidative Stress Measurements. Samples for evaluating
oxidative stress and total antioxidant capacity were per-
formed with EDTA as anticoagulant and antioxidant. All
samples were centrifuged at 3.000 rpm for 15 minutes and
plasma aliquots stored at −70∘C until assayed.

2.5. Tert-Butyl Hydroperoxide-Initiated Chemiluminescence
(CL-LOOH). The CL-LOOH in plasma was evaluated as
described previously by Gonzalez Flecha et al. [29]. For
chemiluminescence (CL) measurement, reaction mixtures
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Table 1: Clinical and laboratory data in patients with rheumatoid arthritis with (IR+) or without (IR−) insulin resistance.

IR− (𝑛 = 91) IR+ (𝑛 = 82) 𝑝

Disease duration (years) 11.0 (5.0–18.3) 8.0 (4.0–20.3) NS
RF (IU/mL) 48.3 (0.0–125.0) 26.9 (0.0–118.2) NS
Anti-CCP (U/mL) 25.55 (0.13–120.10) 6.65 (0.50–131.40) NS
DAS 28 3.51 (2.39–4.49) 3.76 (2.85–4.78) 0.043
DAS 28, 𝑛 (%)

Remission (<2.6) 27 (29.7% ) 16 (19.5%)
Low (2.6–3.2) 12 (13.2%) 11 (13.4%) 0.001
Moderate (3.2–5.1) 42 (46.1%) 39 (47.6%)
High (>5.1) 10 (10.0%) 16 (19.5%)

CPR (mg/L) 3.52 (1.31–12.38) 6.35 (2.51–11.08) 0.040
ESR (mm) 14.0 (6.0–22.0) 19.5 (9.3–35.5) 0.023

Therapy
Prednisone (Y/N) 64/27 54/28 NS
Antimalarials (Y/N) 38/53 32/50 NS
Anti-TNF-𝛼 (Y/N) 20/71 19/63 NS

Adalimumab 7 6 NS
Etanercept 13 13

Methotrexate (Y/N) 57/34 62/20 NS
Leflunomide (Y/N) 40/51 35/47 NS
Chi-square test with Yates correction. Mann-Whitney test. Data are expressed as median (25–75%). Y, yes; N, no; RF, rheumatoid factor; anti-CCP, anti-cyclic
citrullinated peptide antibody; DAS 28, Disease Activity Score evaluating 28 joints; CRP, C-reactive protein; ESR, erythrocyte sedimentation rate; and NS, not
significant.

were placed in 20mL scintillation vials (low-potassium glass)
containing final concentrations of plasma (250𝜇L), 30mM
KH
2
PO
4
/K
2
HPO
4
buffer (pH 7.4), and 120mM KCl with

3mM of tert-butyl hydroperoxide in a final volume of 2mL.
Tert-butyl hydroperoxide-initiated chemiluminescence was
measured in Beckman LS 6000 Liquid Scintillation Counter
set to the out-of-coincidence mode, with a response range
from 300 to 620 nm. The vials were kept in the dark up to
the moment of assay, and determination was carried out in
a dark room at 30∘C. The results are expressed in counts per
minute (cpm).

2.6. Determination of Advanced Oxidation Protein Products
(AOPPs). AOPPs were determined in the plasma using the
semiautomatedmethod described byWitko-Sarsat et al. [30].
AOPPs results of oxidation of amino acid residues such as
tyrosine, leading to the formation of dityrosine-containing
protein cross-linking products detected by spectrophotom-
etry [17, 30]. AOPPs concentrations were expressed as micro-
moles per liter (𝜇mol/L) of chloramines-T equivalents.

2.7. Total Radical-Trapping Antioxidant Parameter (TRAP).
TRAP was determined as reported by Repetto et al. [31].
This method detects hydrosoluble and/or liposoluble plasma
antioxidants bymeasuring the chemiluminescence inhibition
time induced by 2,2-azobis(2-amidinopropane). The system
was calibrated with vitamin E analog Trolox, and the values
of TRAP are expressed in equivalent of 𝜇M Trolox/mg UA.
TRAP analysis in conditions associated with hyperuricemia,
as in patients with MetS, may be jeopardized because uric

acid concentration is responsible for 60% of plasma total
antioxidant capacity. Thus, a correction of total antioxidant
capacity based on uric acid concentration is needed [32, 33].

2.8. Oxidative Stress Index (OSI). Oxidative stress imbalance
was verified when OSI was calculated as AOPPs (𝜇mol/L)
divided by TRAP (𝜇M Trolox/mg UA), which indicates the
oxidant-antioxidant ratio as a reflection of the cellular redox
state.

2.9. Statistical Analysis. Distribution of sex, ethnicity, and
therapy was analyzed by chi-square test with Yates correc-
tion. Comparisons between groups were performed using
the Kruskal-Wallis test with Dunn’s posttest and data were
expressed as the median (25–75%). The results were consid-
ered significant when 𝑝 < 0.05. To determine which factors
were independently associated with IR in RA patients, the
variables that presented 𝑝 < 0.10 in univariate analyses were
included in logistic regression model. Logistic regression
analyses were performed with SPSS v20.0 (IBM, USA).

3. Results

Rheumatoid arthritis patients with or without IR were not
statistically different in relation to disease duration and serum
RF and anti-CCP levels and frequency in prednisone and
antimalarials and methotrexate and leflunomide use and
anti-TNF-𝛼 therapy (Table 1). However, IR+ group had an
increased DAS 28 (𝑝 = 0.043) with enhanced frequency in
patients with high disease activity. In addition, IR+ group
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Table 2: Anthropometric, clinical, and laboratorial profile in healthy subjects (controls) and in patients with rheumatoid arthritis (RA) with
or without insulin resistance (IR).

Controls
(𝑛 = 97)

RA+ IR−
(𝑛 = 91)

RA+ IR+
(𝑛 = 82)

Control versus
RA+ IR−

Control versus
RA+ IR+

RA+ IR− versus
RA+ IR+

Gender (F/M) 80/17 70/21 70/12 NS NS NS
Caucasian/not Caucasian 72/25 58/33 53/29 NS NS NS

Age (years) 51.0
(42.5–69.5)

56.0
(46.0–63.3)

57.5
(48.8–62.3) NS NS NS

BMI (kg/m2) 25.8
(23.8–28.0)

25.9
(22.8–29.3)

29.4
(25.3–33.4) NS <0.0001 <0.0001

WC (cm) 91.5
(87.0–97.3)

90.0
(82.0–97.3)

98.0
(91.0–107.3) NS <0.01 <0.0001

Glucose (mg/dL) 87.0
(82.8–95.0)

85.0
(80.0–90.0)

96.0
(88.9–113.0) NS <0.0001 <0.0001

Insulin (𝜇U/mL) 6.35
(4.60–8.03)

6.70
(5.30–8.10)

13.95
(11.10–16.78) NS <0.0001 <0.0001

HOMA-IR 1.35
(1.01–1.69)

1.42
(1.07–1.75)

3.41
(2.71–4.46) NS <0.0001 <0.0001

CL-LOOH (cpm) 166.7
(141.9–179.0)

169.2
(150.0–198.9)

166.2
(152.6–201.5) NS NS NS

AOPP (𝜇mol/L of chloramines-T
equivalents)

150.4
(118.4–209.6)

123.5
(100.4–171.3)

173.8
(123.9–238.7) <0.05 NS <0.0001

TRAP (𝜇M Trolox/mg UA) 158.9
(122.2–200.9)

171.5
(146.1–207.9)

155.9
(121.0–177.3) NS NS <0.05

OSI 0.228
(0.166–0.321)

0.762
(0.578–0.952)

1.183
(0.753–1.680) <0.0001 <0.0001 <0.001

Kruskal-Wallis test with Dunn’s posttest. Data are expressed as median (25–75%). BMI, body mass index; WC, waist circumference; HOMA-IR, homeostasis
model assessment-insulin resistance; CL-LOOH, tert-butyl hydroperoxide-initiated chemiluminescence; AOPPs, advanced oxidation protein products; TRAP,
total radical-trapping antioxidant parameter; and OSI, oxidative stress index.
NS: not significant.

showed higher ESR (𝑝 = 0.023) and hsCRP (𝑝 = 0.040)
compared to the IR− group (Table 1).

With regard to anthropometric and biochemicalmarkers,
IR+ group presented higher BMI (𝑝 < 0.0001, 𝑝 < 0.0001),
WC (𝑝 < 0.01; 𝑝 < 0.0001), plasma glucose (𝑝 < 0.0001,
𝑝 < 0.0001), and insulin (𝑝 < 0.0001, 𝑝 < 0.0001) levels and
HOMA-IR (𝑝 < 0.0001, 𝑝 < 0.0001) compared to the control
group and IR− group, respectively (Table 2).

In relation to oxidative stress markers, both IR− and
RI+ groups had significantly higher OSI (𝑝 < 0.0001)
compared to the control group, whereas IR− group showed
lowerAOPPs (𝑝 < 0.05) levels compared to the control group.
Higher AOPPs (𝑝 < 0.0001) and OSI (𝑝 < 0.001) and lower
TRAP (𝑝 < 0.05) were verified in the group composed of
IR+ patients in relation to IR− group (Table 2). Plasma TNF-
𝛼 levels were significantly higher both in IR− (𝑝 < 0.01) and
in IR+ (𝑝 < 0.0001) groups compared to the control group
(Figure 1). In addition, RI+ group had higher plasma TNF-𝛼
levels than IR− group (𝑝 < 0.05) (Figure 1).

Table 3 shows the differences when the groups were
divided taking into account the presence or absence of IR
and anti-TNF-𝛼 therapy. The groups composed of patients
with IR, IR+ TNF− (G3) and IR+ TNF+ (G4), had higher
(𝑝 < 0.05) AOPPs and OSI compared to G1 (control group).
In addition, G4 group presented higher (𝑝 < 0.05) AOPPs
and OSI than IR− TNF+ (G2) group. TRAP was significantly
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Figure 1: Plasma TNF-𝛼 levels in healthy subjects (controls) and
in patients with rheumatoid arthritis with (IR+) or without (IR−)
insulin resistance. Kruskal-Wallis test with Dunn’s posttest. ∗IR+
versus control, 𝑝 < 0.0001; &IR− versus control, 𝑝 < 0.01; #IR+
versus IR−, 𝑝 < 0.05.

lower in IR+ TNF− group (G3) in relation to G1. On the
other hand, the groups without insulin resistance, G1 and G2,
showed no differences in oxidative stressmarkers (Table 3). In
relation to the inflammatory profile, ESR showed significantly
higher (𝑝 < 0.05) levels in G3 and G4 than in G1, and G4
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Table 3: Oxidative stress markers, disease activity, and inflammatory parameters in patients with rheumatoid arthritis with (IR+) or without
(IR−) insulin resistance and using (TNF+) or not using (TNF−) anti-TNF-𝛼.

G1 (𝑛 = 71) G2 (𝑛 = 20) G3 (𝑛 = 63) G4 (𝑛 = 19)
CL-LOOH (cpm) 170.7 (150.0–196.7) 167.4 (147.2–214.4) 165.7 (152.7–204.3) 166.2 (151.8–166.2)
AOPP (𝜇mol/L of chloramines-T equivalents) 124.5 (102.6–170.1) 123.2 (99.9–182.8) 173.3∗ (122.4–242.7) 173.8#& (124.4–222.4)
TRAP (𝜇M Trolox/mg UA) 175.4 (147.3–210.0) 164.7 (131.8–207.7) 150.8∗ (121.0–178.8) 159.2 (107.5–176.6)
OSI 0.73 (0.57–0.92) 0.85 (0.62–1.12) 1.21∗ (0.78–1.79) 1.18#& (0.69–1.53)
DAS 28 3.41 (2.23–4.57) 3.83 (3.08–4.89) 3.75 (2.87–4.80) 3.49 (2.78–4.30)
CRP (mg/dL) 4.74 (1.26–15.80) 2.75 (1.78–6.76) 6.63 (7.70–11.9) 4.66∗∗ (1.42–8.89)
ESR (mm) 14.0 (5.0–22.0) 14.5 (8.3–23.0) 19.0∗ (8.0–32.5) 26.0&# (11.0–44.0)
Kruskal-Wallis test with Dunn’s posttest. Data are expressed as median (25–75%). G1, IR− TNF−; G2, IR− TNF+; G3, IR+ TNF−; G4, IR+ TNF+; CL-LOOH,
tert-butyl hydroperoxide-initiated chemiluminescence; AOPP, advanced oxidation protein product; TRAP, total radical-trapping antioxidant parameter; OSI,
oxidative stress index; DAS 28, Disease Activity Score evaluating 28 joints; CRP, C-reactive protein; and ESR, erythrocyte sedimentation rate.
∗G1 versus G3, 𝑝 < 0.05; #G1 versus G4, 𝑝 < 0.05; &G4 versus G2, 𝑝 < 0.05; and ∗∗G4 versus G3.
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Figure 2: Plasma TNF-𝛼 levels in patients with rheumatoid arthritis
with (IR+) or without (RI−) insulin resistance and using (TNF+)
or not using (TNF−) anti-TNF-𝛼. Kruskal-Wallis test with Dunn’s
posttest. G1: IR− TNF−; G2: IR− TNF+; G3: IR+ TNF−; and G4:
IR+ TNF+. ∗G4 versus G1, 𝑝 < 0.0001; &G4 versus G3, 𝑝 < 0.0001;
$G2 versus G1, 𝑝 < 0.0001; and #G2 versus G3, 𝑝 < 0.01.

had also increased ESR (𝑝 < 0.05) levels compared to G2.
There were significantly lower (𝑝 < 0.05) hsCRP levels in
G4 compared to G3 (Table 3). Plasma TNF-𝛼 levels were
significantly higher in patients who were using anti-TNF-𝛼
therapy, that is, G4 (𝑝 < 0.0001) and G2 (𝑝 < 0.0001),
compared to G1 (Figure 2). Also, G4 and G2 had higher
plasma TNF-𝛼 levels than G3 (𝑝 < 0.0001 and 𝑝 < 0.01,
resp.) (Figure 2).

Oxidative stress data according to anti-TNF-𝛼 therapy
with etanercept or adalimumab are shown in Table 4. There
was no significant difference in CL-LOOH, AOPPs, TRAP, or
OSI values. However, AOPP levels showed an increase trend
(𝑝 = 0.071) in patients using adalimumab and this trend was
independent of BMI (𝑝 = 0.047, OR: 1.009, CI 95%: 1.000–
1.018) (data not shown). In sum, presence of IR was related to
increase inDAS 28 and ESR and hsCRP andTNF-𝛼 levels and
AOPPs andOSI and decreased TRAP in patients with RA.On
the other hand, IR did not have a role in changes related to
RF and anti-CCP. In addition, TNF-𝛼 increase is related to IR
development in patients with RA.

4. Discussion

Several reports have shown that IR is related to chronic
inflammation [1, 32, 33] and corticosteroid treatment [2, 3].
Although previous articles have shown that corticosteroid
may be involved in IR [21, 22, 34], this finding has not been
verified in patients with RA, suggesting that corticosteroid
beneficial anti-inflammatory effects would compensate the
deleterious metabolic action [35, 36]. Penesová et al. [36]
showed that low-dose glucocorticoid treatmentwith duration
of 2–9 years is relatively safe and did not lead to glucose
metabolism impairment. Independently of whether they had
IR or not, in the present study the patients did not differ in the
frequency they were using prednisone, showing that, in this
cohort of RA patients, corticosteroid use does not seem to be
a determinant factor for IR development. Moreover, patients
used less than 7.5mg/d corticosteroid (data not shown),
which has been reported as safe [37].

Several reports have shown the association between
chronic inflammatory disease states and IR [32, 33, 38]. Previ-
ous studies demonstrated that TNF-𝛼may have an important
role in the IR pathogenesis by multiple mechanisms, such
as downregulation of genes that are required for normal
insulin action, direct effects on insulin signaling, induction of
elevated free fatty acids via stimulation of lipolysis, and nega-
tive regulation of peroxisome proliferator-activated receptor-
𝛾 (PPAR𝛾), an important insulin-sensitizing nuclear receptor
[39]. In RA patients with severe and active disease even
in the presence of anti-TNF-𝛼 therapy, high-grade inflam-
mation was correlated negatively and independently with
circulating adiponectin concentration [40], an important
anti-inflammatory adipokine related to insulin resistance and
metabolic syndrome [41]. In vitro studies have shown that
TNF-𝛼 induced serine phosphorylation of insulin receptor
substrate-1 (IRS-1) and inhibited insulin receptor tyrosine
kinase, causing a change of the insulin signaling [40]. In
the present study, patients using anti-TNF-𝛼 therapy, which
is generally indicated to patients who have a severe disease
not controlled by disease-modifying antirheumatic drugs
(DMARDs), showed higher TNF-𝛼 levels. Even with anti-
TNF-𝛼 therapy, TNF-𝛼 levels have not reached the val-
ues obtained by patients who control disease activity with
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Table 4: Oxidative stress in patients with rheumatoid arthritis using adalimumab or etanercept.

Parameters Etanercept
𝑛 = 26

Adalimumab
𝑛 = 13

𝑝

CL-LOOH (cpm) 164.02 (145.51–187.05) 168.06 (162.71–197.90) NS
AOPP (𝜇mol/L of chloramines-T equivalents) 127.44 (108.75–187.05) 167.80 (122.90–228.73) 0.071
TRAP (𝜇M Trolox/mg UA) 157.27 (15.84–183.51) 159.70 (148.83–175.58) NS
OSI 1.10 (0.77–1.31) 0.86 (0.74–1.37) NS
Mann-Whitney test. Data are expressed as median (25–75%). CL-LOOH, tert-butyl hydroperoxide-initiated chemiluminescence; AOPP, advanced oxidation
protein product; TRAP, total radical-trapping antioxidant parameter; OSI, oxidative stress index; and NS, not significant.

conventional therapy and DAS 28 maintained higher score
(≥3.3) than the recommended one for patients using or
not using biological agents [41]. Of note, the majority of
our patients (66.7%), who were taking anti-TNF-𝛼 therapy,
used etanercept, a soluble TNF-𝛼 receptor fusion protein.
Etanercept prolongs the half-life of TNF-𝛼with a subsequent
rise in measured serum TNF-𝛼 levels; thus it renders TNF-𝛼
biologically inactive and unavailable to bind to its receptor
[42–44]. In the current study, patients with IR had also
higher ESR concomitantly to TNF-𝛼 increase, suggesting
that chronic inflammatory process may be associated with
IR development and maintenance in patients with RA.
Regarding the present data, it is not possible to assure
that etanercept changed TNF-𝛼 in a biologically inactive
substance. However, it is conceivable to suggest that other
proinflammatory cytokines, which were not evaluated in this
study, may be involved in the inflammatory process verified
in patients with IR.

The present study demonstrated that RA patients with
IR have higher TNF-𝛼 levels and unfavorable oxidative
status. Reactive oxygen species (ROS) damage directly cel-
lular elements in cartilage and either directly or indirectly
the components of the extracellular matrix by upregulating
mediators of matrix degradation. ROS impair chondrocyte
response to growth factors and migration to sites of cartilage
injury. In addition, ROS inhibit the synthesis of matrix
components including proteoglycans by chondrocytes [12].
In the present study, IR patients showed higher oxidative
stress levels and DAS 28. The overproduction of TNF-𝛼 is
thought to be the main contributor to increased ROS release
in RA patients [24, 45, 46], leading to tissue damage and IR
[47, 48]. Large amounts of ROS have been detected in the
synovial fluid in RA [49], and this production can be induced
by TNF-𝛼 stimulation [50]. TNF-𝛼 exerts its cytotoxic effects
via generation of intracellular ROS that induce apoptosis
[51, 52]. Moreover, TNF-𝛼 can induce ROS production from
neutrophils through pathway activating phagocytic NADPH
oxidases in mitochondria [53] and TNF-𝛼 combined with
cytokines such as GM-CSF or G-CSF enhances O

2

− gener-
ation [54]. Of note, oxidative stress and IR are more closely
associated and many evidences have shown that oxidative
stress can lead to IR by promoting the expression of several
proinflammatory cytokines,mainly TNF-𝛼, interleukin 6 (IL-
6), and interleukin 17 (IL-17), which can cause significant
decline in insulin sensitivity [9]. On the other hand, ROS

may increase TNF-𝛼 levels because they function as a second
messenger to stimulate nuclear factor kappa B dependent
expression of proinflammatory cytokines [55]. Altogether,
our data seem to suggest that higher TNF-𝛼 level can be
involved in IR development and maintenance and have a
direct influence on oxidative stress. It seems that a cyclic and
complex relationship occurs betweenTNF-𝛼, oxidative stress,
and IR in patients with RA.

The administration of biological drugs seems to have
a role in increasing the barrier which the body possesses
against oxidative stress [56]. However, data about anti-TNF-
𝛼 therapy remain a matter of controversy. Kageyama et al.
[15] showed a decrease in oxidative stress markers after six
months in 22 patients with RA using etanercept. In contrast,
den Broeder et al. [46] did not find any significant changes
in oxidative stress markers after two weeks in 21 patients
with RA taking adalimumab, although marked reduction in
neutrophil influx to synovial tissue with anti-TNF-𝛼 therapy
was reported. Meanwhile, Biniecka et al. [45] evaluated
oxidative stress, assessed by 4-hydroxy-2-nonenal (4-HNE)
in the synovial tissue, after three months in 18 patients
with RA using anti-TNF-𝛼 therapy. DAS 28 < 2.6 was
found in seven patients who were considered as anti-TNF-𝛼
responders and DAS 28 ≥ 2.6 in 11 patients who were con-
sidered as anti-TNF-𝛼 nonresponders. There was a decrease
in 4-HNE levels only in anti-TNF-𝛼 responders patients.
The aforementioned study seems to suggest that anti-TNF-
𝛼 therapy can decrease oxidative stress in RA patients by
controlling the inflammatory process, and hence they do
not act directly on the production of ROS. In the present
study, most patients who used anti-TNF-𝛼 therapy were
taking etanercept. Nevertheless, differently from Kageyama’s
et al. study [15], the patients did not show improvement in
redox state. It is conceivable to suggest that this may have
occurred because anti-TNF-𝛼 therapy maintained DAS 28 in
similar values obtained by patients who were not using anti-
TNF-𝛼 therapy. Meanwhile, inflammatory process shown by
increased ESR and TNF-𝛼 levels, mainly in RA patients
with IR, progressed in these patients being responsible for
oxidative stress increase.

Upon looking at the results obtained in the present
study, some limitations have to be considered. First, the
cross-sectional design does not allow for inference causality.
Second, although the minimum number of patients has been
reached by the calculation of the sample size, a greater
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number of patients would probably confer more strength to
the statistical results.

This study corroborates with Binieckas et al.’s [45],
which suggested that inflammatory state maintenance can be
responsible for oxidative stress found in patients with RA.
On the other hand, the data of the present study show that
IR is involved in an unbalanced redox state, which possibly
contributes to maintaining a vicious circle of high-grade
inflammation.

5. Conclusions

This study demonstrates that IR and TNF-𝛼 are important
factors involved in redox imbalance in patients with RA and
it seems to be due to the maintenance of inflammatory state
and disease activity. The data from the present study suggest
a complex interaction of TNF-𝛼, oxidative stress, and IR,
but the presence of insulin resistance seems to be directly
associated with both oxidative stress and TNF-𝛼 levels. The
differences in oxidative stress markers in RA patients with or
without IR could contribute to a better design for future drugs
and/or nutritional interventional studies in this population.
In addition, more studies are warranted to verify if IR can be
involved in therapeutic failure with TNF-𝛼 inhibitors.
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Cordyceps militaris has long been used as a crude drug and folk tonic food in East Asia. The present study aims to evaluate the
antidiabetic and antinephritic effects of the aqueous extract of theCordycepsmilitaris fruit body (CM) in diet-streptozotocin- (STZ-
) induced diabetic rats. During four weeks of continuous oral administration of CM at doses of 0.5, 1.0, and 2.0 g/kg andmetformin
at 100mg/kg, the fasting blood glucose and bodyweight of each rat were monitored. Hypoglycemic effects of CM on diabetic rats
were indicated by decreases in plasma glucose, food and water intake, and urine output. The hypolipidemic activity of CM was
confirmed by the normalization of total cholesterol, triglycerides, and low- and high-density lipoprotein cholesterol in diabetic
rats. Inhibitory effects on albuminuria, creatinine, urea nitrogen, and n-acetyl-𝛽-d-glucosaminidase verified CM’s renal protective
activity in diabetic rats. Furthermore, CMexerted beneficialmodulation of inflammatory factors and oxidative enzymes. Compared
with untreated diabetic rats, CM decreased the expression of phosphor-AKT and phosphor-GSK-3𝛽 in the kidneys. Altogether, via
attenuating oxidative stress, CM displayed antidiabetic and antinephritic activities in diet-STZ-induced diabetic rats.

1. Introduction

Theprevalence of diabetes andmetabolic disease is increasing
rapidly worldwide and has become a major health problem
[1]. Currently, 387 million people are diagnosed with dia-
betes mellitus, 90% with type 2 diabetes mellitus (T2DM).
A deficiency of insulin secretion leads to increased blood
glucose levels and organ damage, which further disrupts
the metabolism of the three major nutrients, namely, lipids,
carbohydrates, and proteins [2, 3]. Various complications
including nephropathy, neuropathy, retinopathy, and hyper-
lipemia are observed in most diabetic patients [4]. The
longitudinal data predict that patients with T2DM will have
a much more aggressive course of disease with greater risk
of early hypertension and nephropathy compared with type 1
(T1DM) patients [5].

Diabetic nephropathy is a major cause of end-stage renal
disease with high mortality and morbidity [6]. During the
pathogenic process, microalbuminuria follows macroalbu-
minuria, leading to renal dysfunction. Multiple and complex
mechanisms are involved in the pathogenesis of diabetic
nephropathy, which is characterized by persistent albumin-
uria, elevated arterial blood pressure, and a decline in
the glomerular filtration rate (GFR) [7]. In 2013, diabetic
nephropathy accounted for over 25% of the incidence of end-
stage renal disease (ESRD) in the UK, while over 40% of
diabetic nephropathic patients in the United States receive
dialysis [8].

Current therapy for diabetes focuses only on the recovery
of pancreatic islet function and regulation of blood glucose,
most ofwhich fails to improve the symptomsof complications
[9]. Poorly controlled blood pressure and cholesterol activate
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inflammatory mediators, and genetic predisposition helps
patients progress to an advanced stage of nephropathy.
Insulin injection and commonly prescribed drugs such as
metformin and pioglitazone produce adverse side effects,
including insulin resistance, hypoglycemia, and gastrointesti-
nal disturbances [10]. Due to the limited and unsatisfactory
therapeutic effects of antidiabetic agents, alternative medi-
cations to treat diabetes and related nephropathy are highly
desirable.

Herbs are a source of novel pharmaceuticals not only due
to their potent efficacy with fewer side effects, but also due to
the complex bioactive compounds they contain [11]. About
1,200 plants have been claimed to have antidiabetic prop-
erties, and over 400 plants and their bioactive compounds
have been scientifically evaluated for T2DM treatment [12].
Due to its anti-inflammatory, antioxidant, and antitumor
activities, Cordyceps militaris has been extensively used as
a crude drug and folk tonic food in East Asia [13]. In our
research group, Cordyceps militaris mycelium obtained via
submerged fermentation has shown excellent antidiabetic
and antinephropathic activities [14]. Aqueous extracts of
Cordyceps militaris enhance insulin secretion and cholinergic
activation in normal Wistar rats [15].

We therefore hypothesized that the polysaccharide-rich
aqueous extract of the Cordyceps militaris fruit body (CM)
may possess antidiabetic and antinephritic properties. A
high-fat diet and streptozotocin- (STZ-) induced rat model
was used to investigate the effects of CM on diabetes, renal
injury, and other underlying mechanisms related to inflam-
matory factors and oxidative stress.

2. Materials and Methods

2.1. Cordyceps militaris Extract Preparation. Cordyceps mil-
itaris fruit body (purchased from Qianxiang Co., Ltd.,
Shenyang, China) was extracted with 10 volumes of double
distilled (DD) water at 45∘C for 3 h. After centrifugation, the
residue was extracted at 80∘C for another 3.5 h. After the
two extractswere combined, the supernatantwas sequentially
concentrated in an evaporator under reduced pressure and
then freeze-dried to produce a solid aqueous extract (CM).
CM contained 29.1% polysaccharides, 20.5% total proteins,
6.1% cordycepic acid, 0.2% adenosine, and 0.4% cordycepin.
The concentrations of adenosine and cordycepin were deter-
mined using HPLC methods and the results were shown
in Figure 1S (in Supplementary Material available online at
http://dx.doi.org/10.1155/2016/9685257).

2.2. Animal Care. The experimental animal protocol used in
the study was approved by the Institutional Animal Ethics
Committee of Jilin University. Male Sprague Dawley rats
weighing 180–220 g (SCXK(JI)-2014-0003) (purchased from
the Norman Bethune College of Medicine, Jilin University,
China) were maintained on a 12 h light/dark cycle (lights on
07:00–19:00) at 23 ± 1∘C with water and food available ad
libitum. All efforts were made to minimize animal suffering
and reduce the number of animals used.

2.3. The Diet-Streptozotocin-Induced Diabetic Rat Model and
Drug Administration Procedure. Rats were randomly divided
into two groups and fed with either the standard control diet
(normal control group, 𝑛 = 6) or a high-fat diet (HFHSD,
12% protein, 5% fat, 67% carbohydrate, 5% cholesterol, and
5% other additives) (𝑛 = 30) for 8 weeks. HFHSD-treated rats
were further intraperitoneally injected with 25mg/kg STZ
agent dissolved in a citrate buffer (0.1mol/L sodium citrate
and 0.1mol/L citric acid, pH 4.5) for one week (once a day).
Rats were defined as diabetic if their blood glucose levels 72 h
after the last STZ injection were over 11.1mmol/L.

Diabetic rats were randomly divided into five groups and
orally treatedwith 2.0mL/kg sterile saline (HFHSD+STZdia-
betic model group, 𝑛 = 6), 0.10 g/kg metformin hydrochlo-
ride (Met; from Beijing Jingfeng Zhiyao Co., Ltd, Beijing,
China) (Met+HFHSD+STZ group, 𝑛 = 6), and 0.5, 1.0, and
2.0 g/kg CM (CM+HFHSD+STZ group, 𝑛 = 6). Normal rats,
which received 2.0mL/kg sterile saline, served as the normal
control group. Over the four-week drug delivery period,
bodyweight and blood glucose were recorded weekly. At the
end of the experiment, the daily food intake, water intake, and
24 h urine output of each rat were recorded using the diuresis
and metabolic cage method.

2.4. Oral Glucose Tolerance Test (OGTT) in Rats. After the
last drug administration, the rats were fasted for 16 h, before
undergoing a glucose tolerance test. Briefly, the rats were
weighed and then orally given glucose (2.0 g/kg). Tail-vein
blood samples were collected at intervals from 0 to 240min
and assayed via a fast blood glucose meter [16]. The area
under the blood glucose curve (AUC) was calculated using
the following [17]:

AUC = (basal glycaemia + glycaemia 0.5 h) × 0.25

+ (glycaemia 0.5 h + glycaemia 1 h) × 0.25

+ (glycaemia 1 h + glycaemia 2 h) × 0.5.

(1)

2.5. Sample Collection and Biochemical Analysis. Before sac-
rifice, blood was sampled from the heart of each rat under
anesthesia. The blood samples were centrifuged at 3000 g for
10min, and the serum was frozen at −80∘C. After sacrifice,
the kidneys were collected, and one part was homogenized
in DD water (or RIPA buffer) with three washes in ice-cold
physiological saline, while the other part was placed in 4%
paraformaldehyde for histopathological examination.

The levels were then determined for serum pyru-
vate kinase (PK), total cholesterol (TC), triglyceride (TG),
low-density lipoprotein cholesterol (LDL-C), high-density
lipoprotein cholesterol (HDL-C), creatinine (Scr), urea nitro-
gen (BUN), glutathione peroxidase (GSH-Px), superoxide
dismutase (SOD), and n-acetyl-𝛽-d-glucosaminidase (NAG)
and for albuminuria in urine, malondialdehyde (MDA) in
serum and kidneys, and reactive oxygen species (ROS) in
kidneys, using commercial kits (Nanjing Biotechnology Co.,
Ltd., Nanjing, China).

The serum levels of insulin (INS), interleukin-2 (IL-2),
interleukin-6 (IL-6), tumor necrosis factor-𝛼 (TNF-𝛼), and



Oxidative Medicine and Cellular Longevity 3

Table 1: The effects of CM and Met on daily food intake, water intake, and urine output in each experimental rat.

Food intake (g/100 g) Water intake (g/100 g) Urine output (mL/100 g)
CTRL — 14.0 ± 2.0 14.5 ± 3.6 4.1 ± 1.2

Model — 19.5 ± 3.2# 63.8 ± 6.88## 51.1 ± 5.8##

CM (g/kg)
0.5 13.3 ± 1.9∗ 42.3 ± 5.9##∗ 40.3 ± 6.7##∗

1.0 15.7 ± 1.8 32.6 ± 3.6#∗∗ 30.7 ± 7.1##∗∗

2.0 13.6 ± 0.7∗ 37.1 ± 4.2##∗ 39.0 ± 3.6##∗

Met (mg/kg) 100 16.6 ± 2.1 38.9 ± 6.4##∗ 41.7 ± 6.6##∗

Daily food intake, water intake, and urine output were normalized to rat body weight, g/100 g or mL/100 g BW. Data are expressed as mean ± SEM (𝑛 = 6) and
analyzed using one-way ANOVA. #𝑃 < 0.05 and ##

𝑃 < 0.01 versus normal controls. ∗𝑃 < 0.05 and ∗∗𝑃 < 0.01 versus model group.

6-keto-PGFwere detected using enzyme-linked immunosor-
bent assay (ELISA) kits (Calbiotech, USA).

2.6. Histopathological Examination. The collected kidney
tissue was immersed in 4% paraformaldehyde for 48 h and
then dehydrated step by step using a gradient of ethanol (50%,
70%, 80%, 90%, 95%, and 100%). Samples were immersed
in xylene for 30min and incubated in paraffin at 65∘C
overnight. Once embedded in wax, the samples were cut
serially into 5𝜇m thick sections using a microtome (Leica,
Germany) and spread over microscopy slides. The sections
were deparaffinized with fresh xylene for 10min, rehydrated
with a gradient of ethanol (100%, 90%, 80%, and 70%),
and then washed three times with DD water. The sections
were analyzed via hematoxylin and eosin (H&E) staining
and examined with a light microscope digital camera (Nikon
Instruments, Tokyo, Japan).

2.7. Western Blot. One part of the kidney tissue was homog-
enized in a radioimmunoprecipitation assay buffer (RIPA;
Sigma-Aldrich, USA) containing 1% protease inhibitor cock-
tail and 2% phenylmethanesulfonyl fluoride (Sigma-Aldrich,
USA). Protein concentrations were determined by the Brad-
ford method, and 40 𝜇g proteins were separated using 10%
SDS-PAGE gel and transferred electrophoretically onto nitro-
cellulose membranes (0.45𝜇m; Bio Basic, Inc., USA). The
transferred membranes were blotted with primary antibod-
ies at 4∘C overnight at a dilution of 1 : 1000: phosphor-
AKT (ab131443), total-AKT (ab200195), phosphor-GSK-3𝛽
(ab75745), total-GSK-3𝛽 (#32391), and glyceraldehyde-3-
phosphate dehydrogenase (#2118) (Abcam, Cambridge, UK)
and then incubated with horseradish peroxidase-conjugated
secondary antibodies (Santa Cruz, USA). Chemilumines-
cence was detected using ECL detection kits (GE Healthcare,
UK). The intensity of the bands was quantified by scanning
densitometry using Image J software (National Institutes of
Health, Bethesda, USA).

2.8. Statistical Analysis. All values were expressed as mean
± SEM. A one-way analysis of variance (ANOVA) was used
to detect statistical significance followed by post hocmultiple
comparisons (Dunn’s test) using SPSS 16.0 software (IBM
Corporation, Armonk, USA). A value of 𝑃 < 0.05 was
considered significant.

3. Results

3.1. Hypoglycemic Effects on Diabetic Rats. Compared with
the normal control group, the diabetic rats clearly consumed
more food and water and produced more urine (𝑃 < 0.01,
Table 1). The four-week CM treatment at 1.0 g/kg strikingly
decreased their urine output and water intake, and at 0.5 g/kg
and 2.0 g/kg food intake was strongly reduced (𝑃 < 0.01,
Table 1).

Reduced bodyweight and elevated blood glucose were
observed after STZ treatment (𝑃 < 0.01, Table 2). Similar to
Met, compared with the diabetic model rats, the maximum
increase in bodyweight was nearly 31.3% in CM-treated
diabetic rats (𝑃 < 0.01, Table 2). CM at doses of 0.5 and
1.0 g/kg reduced fasting blood glucose by 42.2% and 34.9%,
respectively (𝑃 < 0.05, Table 2). However, only 0.5 g/kg CM
clearly increased serum insulin compared with the diabetic
model group (𝑃 < 0.05, Figure 1(a)). Both Met (100mg/kg)
and CM (1.0 g/kg) markedly increased PK activity in diabetic
rats (𝑃 < 0.05, Figure 1(b)).

OGTT was applied to avoid false positive results from
fasting blood glucose. Compared with the normal control
rats, dramatically higher fasting blood glucose concentrations
were noted in the diabetic rats from 0 to 240min (𝑃 <
0.01, Figure 1(c)), with 1.0 g/kg CM significantly preventing
blood glucose from shooting up at 30 to 240min (𝑃 <
0.05, Figure 1(c)). The calculated AUC values for glucose
response during the OGTT revealed a striking increment in
the diabetic model group (43.3 ± 8.4 h⋅mmol/L) compared
with the normal control group (10.9 ± 1.5 h⋅mmol/L). CM at
1.0 g/kg and Met at 100mg/kg showed a significant reduction
in AUC (𝑃 < 0.05, Figure 1(d)).

3.2. Hypolipidemic Effects in Diabetic Rats. Hyperlipidemia
commonly accompanies diabetes mellitus [18]. Thus, a study
was carried out to investigate whether CM beneficially affects
the abnormal lipid profiles of diabetic rats. As with Met, CM
at 1.0 and 2.0 g/kg significantly decreased TC and TG levels
(𝑃 < 0.05, Figures 2(a) and 2(b)). Unlike Met, CM at 0.5 and
2.0 g/kg decreased LDL-C levels in diabetic rats (𝑃 < 0.05,
Figure 2(c)). But only CM at 2.0 g/kg increased HDL-C levels
in diabetic rats (𝑃 < 0.05, Figure 2(d)).

3.3. Renal Protection in Diabetic Rats. Albuminuria is tradi-
tionally considered a hallmark of diabetic nephropathy [19].
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Figure 1: Diet-STZ-induced diabetic rats were treated with or without 100mg/kg metformin (Met) and Cordyceps militaris water extract
(CM) for four weeks. After the final drug treatment, the serum levels of insulin (a) and pyruvate kinase (b) were detected in all experimental
rats. At the end of the experiment, after an oral treatment of 2 g/kg D-glucose in all experimental rats, the changes of plasma glucose (c) and
area under the curve of glucose (d) were analyzed. Data are expressed asmean ± SEM (𝑛 = 6) and analyzed using one-way ANOVA. #𝑃 < 0.05
and ##
𝑃 < 0.01 versus normal controls. ∗𝑃 < 0.05 and ∗∗𝑃 < 0.01 versus nontreated diabetic rats.

CM strongly suppressed the raised serum albuminuria levels
of diabetic rats, especially at 1.0 g/kg (𝑃 < 0.05, Table 3).
Abnormal BUN and Scr levels are recognized manifestations
of renal dysfunction, and these were all reduced after four
weeks of CM administration (𝑃 < 0.05, Table 3). However,
Met and CM failed to influence serum NGA concentration
in diabetic rats (Table 3).

Hyperglycemia and hyperlipidemia in T2DM always lead
to toxicity in the kidneys, inducing renal damage associated
with severe inflammation and characterized by the release of
multiple inflammatory factors. Extremely high serum levels
of IL-2, IL-6, TNF-𝛼, and 6-keto-PGF were noted in the

diet-induced diabetic rats (𝑃 < 0.05, Figures 3(a)–3(d)).
Met showed a suppressive effect on inflammatory cytokines
(𝑃 < 0.05, Figures 3(a)–3(d)). Compared with the diabetic
model group, CM at 1.0 g/kg reduced IL-2 and IL-6 levels
by 35.1% and 27.1%, respectively (𝑃 < 0.01, Figures 3(a)
and 3(b)). Additionally, serum TNF-𝛼 and 6-keto-PGF were
reduced inCM-treated diabetic rats by up to 31.2% and 24.6%,
respectively (𝑃 < 0.01, Figures 3(c) and 3(d)). CM treatment
also significantly ameliorated the incidence of glomerular
basement membrane thickening or mesangial proliferation
and of inflammatory infiltrate injuries in the kidneys of
diabetic rats (Figure 3(e)).



6 Oxidative Medicine and Cellular Longevity

#

#

##

##

CTRL Model 0.5 1.0 2.0 100

∗

∗

∗∗

CM (g/kg) Met (mg/kg)

To
ta

l c
ho

le
ste

ro
l (

m
m

ol
/L

)

0.0

0.4

0.8

1.2

1.6

2.0

(a)

#

##

∗

#
∗

∗

∗∗

CTRL Model 0.5 1.0 2.0 100

CM (g/kg) Met (mg/kg)

Tr
ig

ly
ce

rid
e (

m
m

ol
/L

)

0

1

2

3

4

5

6

(b)

#

##

##

#
∗

∗∗

CTRL Model 0.5 1.0 2.0 100

CM (g/kg) Met (mg/kg)

LD
L-

C 
(m

m
ol

/L
)

0

1

2

3

4

5

(c)

#
#

#

##

∗

CTRL Model 0.5 1.0 2.0 100

CM (g/kg) Met (mg/kg)

H
D

L-
C 

(m
m

ol
/L

)

0.0

0.4

0.8

1.2

1.6

(d)

Figure 2: After four-week Met and CM treatment, the serum levels of total cholesterol (a), triglyceride (b), LDL-C (c), and HDL-C (d) in
diet-STZ-induced diabetic rats were detected. Data are expressed as mean ± SEM (𝑛 = 6) and analyzed using one-way ANOVA. #𝑃 < 0.05
and ##
𝑃 < 0.01 versus control. ∗𝑃 < 0.05 and ∗∗𝑃 < 0.01 versus model group.

Table 3: The effects of CM and Met on the levels of Scr, BUN, and albuminuria in serum and NAG in urine of diabetic rats.

Scr (𝜇mol/L) BUN (mmol/L) Albuminuria (mg/mL) NAG (U/L)
CTRL — 143.8 ± 31.3 5.1 ± 0.5 0.9 ± 0.05 30.2 ± 6.4

Model — 338.8 ± 32.3## 10.2 ± 0.7## 2.6 ± 0.3## 75.7 ± 7.7##

CM (g/kg)
0.5 328.4 ± 22.2## 9.2 ± 1.0## 2.0 ± 0.3## 60.8 ± 7.5##

1.0 228.5 ± 54.6#∗∗ 8.2 ± 0.5##∗ 1.8 ± 0.2##∗ 68.9 ± 8.1##

2.0 226.3 ± 32.1#∗∗ 8.6 ± 1.2## 1.9 ± 0.3## 73.2 ± 9.0##

Met (mg/kg) 100 288.5 ± 74.9## 9.3 ± 1.1## 2.0 ± 0.3## 62.9 ± 9.1##

Data are expressed as mean ± SEM (𝑛 = 6) and analyzed using one-way ANOVA. #𝑃 < 0.05 and ##
𝑃 < 0.01 versus normal controls. ∗𝑃 < 0.05 and ∗∗𝑃 < 0.01

versus model group.

3.4. Antioxidative Effects in Diabetic Rats. Oxidative stress
underlies the development of T2DM and related compli-
cations [20]. Overproduction of intracellular ROS leads to
oxidative stress and deleterious effects on tissues; however,
antioxidant enzymes including GSH-Px and SOD prevent
oxidative injury.The accumulation of ROS andMDA and low
GSH-Px and SOD activity were noted in the serum and/or

kidneys of diabetic rats (𝑃 < 0.05, Table 4). CM enhanced
GSH-Px and SOD activity and reduced the serum and kidney
levels of ROS and MDA (𝑃 < 0.05, Table 4). Importantly,
CM (2.0 g/kg) decreased ROS production in the kidneys by
12.4% (𝑃 < 0.05, Table 4). Met was also seen to modulate
the oxidative factors in the serum and kidneys of diabetic rats
(𝑃 < 0.05, Table 4).
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Figure 3: Diet-STZ-induced diabetic rats were orally treated with or withoutMet and CM at indicated doses for four weeks.The levels of IL-2
(a), IL-6 (b), TNF-𝛼 (c), and 6-keto-PGF (d) in serum were detected via ELISA method and histopathological changes in kidney collected
from all experimental rats were observed through H&E staining (𝑛 = 6, ×400) (e). Data are expressed as mean ± SEM (𝑛 = 6) and analyzed
using one-way ANOVA. #𝑃 < 0.05 and ##

𝑃 < 0.01 versus control. ∗𝑃 < 0.05 and ∗∗𝑃 < 0.01 versus model group.
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Table 4: The regulatory effects of CM and Met on the oxidation related factors in serum and kidney of diabetic rats.

CTRL Model CM (g/kg) Met (mg/kg)
0.5 1.0 2.0 100

Serum
SOD (U/mL) 245 ± 15 201 ± 12# 223 ± 11 248 ± 16∗∗ 237 ± 17∗ 215 ± 17

MDA (nmol/mL) 8.7 ± 0.8 28.0 ± 0.7## 21.9 ± 2.7## 12.4 ± 2.7#∗∗ 10.7 ± 1.8∗∗ 15.0 ± 2.5#∗∗

GSH-Px (𝜇mol/L) 1116 ± 41 944 ± 37# 1000 ± 51 1053 ± 25∗ 994 ± 33# 994 ± 9#

Kidney

SOD (U/mgprot) 134 ± 14 84 ± 11## 110 ± 18# 122 ± 13∗∗ 105 ± 14# 111 ± 11#∗

MDA (nmol/mgprot) 7.0 ± 1.4 11.3 ± 2.6## 11.2 ± 2.7## 8.2 ± 1.2∗ 9.3 ± 2.0# 8.5 ± 1.5∗

GSH-Px (𝜇mol/gprot) 6987 ± 318 4925 ± 402## 5236 ± 210# 6012 ± 462∗ 5985 ± 433∗ 5784 ± 223#∗

ROS (FI/gprot) 815 ± 32 988 ± 55# 903 ± 31 895 ± 28∗ 865 ± 48∗ 875 ± 36∗

Data are expressed as mean ± SEM (𝑛 = 6) and analyzed using one-way ANOVA. #𝑃 < 0.05 and ##
𝑃 < 0.01 versus normal controls. ∗𝑃 < 0.05 and ∗∗𝑃 < 0.01

versus model group.
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Figure 4: The expressions of T-AKT, P-AKT, T-GSK-3𝛽, and P-GSK-3𝛽 in kidney were analyzed via western blot. Quantification data of the
expression of P-AKT and P-GSK-3𝛽 were normalized by corresponding T-AKT and T-GSK-3𝛽, respectively. Data are expressed as mean ±
SEM (𝑛 = 6) and analyzed using one-way ANOVA. #𝑃 < 0.05 and ##

𝑃 < 0.01 versus control. ∗∗𝑃 < 0.01 versus model group.

3.5. Activation of AKT/GSK-3𝛽 in Kidneys. The expression
of P-AKT and P-GSK-3𝛽 in the kidneys of diet-STZ-induced
diabetic rats was significantly restored to normal levels after
four weeks of CM and Met administration (𝑃 < 0.01,
Figure 4).

4. Discussion

TheHFHSD-STZ-induced diabetic rat model is closely anal-
ogous to the clinical situation of type 2 diabetes mellitus
in humans [21]. Combined with the reduction in high
fasting blood glucose levels, the modulation of OGTT, a
more sensitive measure of early abnormality in glucose
regulation [22], further verifies the hypoglycemic activity of
CM. Abnormal changes in glucose metabolism are observed
in diabetic patients, including decreased glycolysis, impeded
glycogenesis, and increased gluconeogenesis [23]. Pyruvate

kinase is a key glycolytic enzyme for promoting glucose
metabolism and energy production [24]. All of the data
support the antidiabetic activity of CM in the diet-STZ-
induced diabetic rat model.

Although the pathogenesis of T2DM-induced renal dam-
age ismultiple and complicated, dyslipidemia and subsequent
lipotoxicity play important roles in this process and accel-
erate kidney injury. Dyslipidemia, defined as abnormal lipid
profiles characterized by increased plasma and tissue levels
of TG, TC, and LDL [21], is a major complication associated
with highmorbidity andmortality in diabetics [25].Diabetes-
related dyslipidemia is responsible for lipid accumulation
in the kidney, which leads to insulin resistance, inflamma-
tion, and oxidative stress [26]. Gradually, insulin resistance
results in the release of adipocytokines and relaxation of
the afferent arteriole, finally causing glomerular hyperfiltra-
tion, angiogenesis, and mesangial cell proliferation [27, 28].
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The antilipemic effect of CM plays an important role in renal
protection in HFHSD-STZ-induced diabetic rats.

Oxidative stress has been singled out as a major cause of
diabetic complications, especially nephropathy [29]. O2− and
nitric oxide (NO) levels are important in kidney and vascular
function [30]. ROS, which is responsible for oxidative dam-
age, degrades membrane polyunsaturated fatty acids through
sequential peroxidation processes [31] and elevates MDA
levels, which serve as biomarkers of tissue oxidative stress
[32]. Excessive generation of ROS and MDA in the kidneys
leads to tubular obstruction, back-leakage of renal tubules,
and contraction of the mesangial cells, finally resulting in
the abnormal expression of renal function markers such
as Scr, BUN, albuminuria, and NAG [33]. However, cells
defend themselves against oxidative stress via the activa-
tion of antioxidant enzymes. Antioxidant compounds are a
common and effective way to prevent or inhibit pancreatic
beta-cell destruction caused by alloxan [34]. SOD catalyzes
the conversion of superoxides into hydrogen peroxide and
oxygen, while GSH-Px scavenges the hydroxyl radicals [35].
The enhanced activity of SOD and GSH-Px in the serum
and kidneys of CM-treated diabetic rats helps to maintain a
balance of oxidants and antioxidants by causing the excretion
of ROS. Therefore, CM improves renal function by scaveng-
ing free radicals, especially ROS and MDA. It is well known
that inhibition of AKT phosphorylation downregulates GSK-
3𝛽 phosphorylation [36]. Gardenamide A is reported to
attenuate ROS levels by promoting the phosphorylation of
AKT, an effect that can be completely abrogated by the AKT
inhibitor [37]. In CM-treated diet-STZ-reduced diabetic rats,
decreased AKT and GSK-3𝛽 phosphorylation is responsible
for the transcriptional expression of multiple antioxidants to
prevent diabetes-related oxidative damage.

Oxidative stress in T2DM favors the appearance of endo-
thelial dysfunction, and oxidative production is an important
step in inflammation [38]. Interleukins have important roles
during inflammatory development, and the overexpression
of IL-2 activates proinflammatory CD4+ T cells, exacerbat-
ing the glomerular damage by recruiting macrophages and
neutrophils [39]. IL-6, secreted by the glomerular membrane
system, is responsible for the proliferation of mesangial
cells and the release of inflammatory mediators, including
superoxide anions [40]. As reported, TNF-𝛼 upregulates IL-
6 release by the podocytes in coculture with glomerular
endothelial cells [41]. Previous studies have reported that
oxidative stress is mediated in podocyte apoptosis in the
process of diabetic nephropathy [42] and that the progression
of renal interstitial fibrosis can be inhibited by suppressing
oxidative stress [43]. Thus, CM exerts renal protection in
diabetic rats via the regulation of inflammatory factors that
are modulated by oxidative stress.

All of the data suggest that CM targets manymolecules in
the signaling of hyperglycemia, inflammation, and oxidative
stress. This “systemic targeting” will completely eliminate
the symptoms of diabetes and diabetic nephropathy in a
much natural way, so that less adverse effect is expected.
As a folk tonic food in China, CM has been emphasizing
its safety with few adverse effects. Our subchronic toxic

test provides experimental basis for its safety indicating
that CM showed no influences on bodyweights (Table 1S),
organ indexes (Table 2S), and kidney structures in mice
(Figure 2S). On the other hand, the crude drug nature of
CM suggests multieffective components, which may show
synergistic effect on the disease. It may explain that non-
dose-dependent manner was the common way of action of
some herbal medicines. Amount of natural productions is
reported to show various pharmacological activities via non-
dose-dependent manner [44, 45].

There is still a limitation in our present study. Although
we confirmed the regulatory effects of Met and CM on
inflammatory factors in serum, we failed to detect the related
changes in kidney tissues. As reported, Met successfully
regulates inflammatory cytokines associated with nephritis
but shows no influences on kidney structure [46].Our further
studywill focus on the effects of drugs on biochemical indices
and pathological changes of kidney.

In summary, we successfully explored the antidiabetic
and antinephritic effects of CM in diet-STZ-induced diabetic
rats. During the experiment, CM exhibited the ability to
reduce blood glucose, decrease blood lipids, reduce renal
injury, and lower inflammatory factors through enhanced
antioxidant expression and the attenuation of oxidative stress.
Cordyceps militaris fruit body extract, a safe pharmaceutical
agent, thus has great potential as a new treatment for diabetic
patients, especially those with nephritis.
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Activation of nuclear factor-𝜅B (NF-𝜅B) by increased production of reactive oxygen species (ROS) might induce transcription
and expression of different antioxidant enzymes and also of nitric oxide synthase (NOS) isoforms. Thus, we aimed at studying
the effect of NF-𝜅B inhibition, caused by JSH-23 (4-methyl-𝑁1-(3-phenyl-propyl)-benzene-1,2-diamine) injection, on ROS and
NO generation in hereditary hypertriglyceridemic (HTG) rats. 12-week-old, male Wistar and HTG rats were treated with JSH-23
(bolus, 10 𝜇mol, i.v.). After one week, blood pressure (BP), superoxide dismutase (SOD) activity, SOD1, endothelial NOS (eNOS),
and NF-𝜅B (p65) protein expressions were higher in the heart of HTG rats compared to control rats. On the other hand, NOS
activity was decreased. In HTG rats, JSH-23 treatment increased BP and heart conjugated dienes (CD) concentration (measured
as the marker of tissue oxidative damage). Concomitantly, SOD activity together with SOD1 expression was decreased, while NOS
activity and eNOS protein expression were increased significantly. In conclusion, NF-𝜅B inhibition in HTG rats led to decreased
ROS degradation by SOD followed by increased oxidative damage in the heart and BP elevation. In these conditions, increased NO
generationmay represent rather a counterregulatorymechanism activated by ROS. Nevertheless, this mechanismwas not sufficient
enough to compensate BP increase in HTG rats.

1. Introduction

Increase in cell production of reactive oxygen species (ROS)
leads to activation of intracellular signaling pathways, which
in turn induce transcriptional changes that enable a cell
to activate expression of a number of genes encoding
antioxidant proteins, DNA repair proteins, stress-regulated
chaperones, and antiapoptotic proteins. These genes are
generally regulated by transcription factors whose structure,
subcellular localization, or affinity for DNA is directly or
indirectly regulated by the level of oxidative stress [1]. In such
a way, ROS may serve as messenger molecules to activate
adaptive responses, such as redox-sensitive nuclear factor
kappa B (NF-𝜅B) signaling, which enhance gene expression
of antioxidant enzymes in oxidatively stressed tissue [2, 3]. In

addition, NF-𝜅B may participate in regulation of nitric oxide
synthase (NOS) isoforms expression including eNOS [4, 5].

The transcription factor NF-𝜅B has been shown to be
cardioprotective after permanent coronary occlusion and late
ischemic preconditioning. However, cell injurious effect of
this factor after ischemia/reperfusion was shown in the heart
as well. Tranter et al. identified 16 NF-𝜅B dependent car-
dioprotective genes that might contribute to understanding
the mechanism of NF-𝜅B-induced myocardial salvage after
permanent coronary occlusion [6].

NF-𝜅B belongs to the Rel family of transcriptional acti-
vator proteins and it exerts a variety of actions [7]. Sen et
al. have found that NF-𝜅B responds directly to oxidative
stress and its activation is controlled by the cell glutathione
disulphide/glutathione (GSSG/GSH) ratio [8]. On the other
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hand, in vitro inhibition of the transcriptional activity of
NF-𝜅B may lead to accumulation of reactive oxygen species
following oxidative damage [9]. The contradictory findings
on the role of NF-𝜅B signaling reflect the diversity of cellular
processes on molecular level and should be taken into
account in different therapeutic settings.

It is evident that themodel of nonobese hereditary hyper-
triglyceridemic (HTG) rats selected from the Wistar strain
[10] represents a suitable model for the study of metabolic
disturbances in relation to blood pressure as well as in the
search for genetic determinants of these abnormalities [11].
Hereditary HTG rats exhibit insulin resistance, hyperinsu-
linemia, disturbances in glucose metabolism, hypertension,
and different signs of oxidative stress, for example, increased
lipoprotein oxidability and lipid peroxidation [12]. According
to our knowledge, the role of NF-𝜅B signaling in response to
increased oxidative damage in HTG rats was not studied as
yet.

Shin et al. [13] showed that aromatic diamine, 4-methyl-
𝑁
1-(3-phenyl-propyl)-benzene-1,2-diamine (JSH-23), had

an inhibitory effect on NF-𝜅B transcriptional activity in
lipopolysaccharide- (LPS-) stimulated macrophages RAW
264.7. JSH-23 had inhibitory effects, in parallel, on LPS-
induced DNA binding activity and nuclear translocation of
NF-𝜅B p65. However, the compound JSH-23 did not influ-
ence LPS-induced inhibitory kappa B alpha protein (I𝜅B𝛼)
degradation. These results indicate that the JSH-23 could
inhibit nuclear translocation of NF-𝜅B p65 without affecting
I𝜅B𝛼 degradation, which is a very rare mode of action,
lending JSH-23 a specific character of NF-𝜅B inhibition.

In this study we investigated the effect of NF-𝜅B inhibi-
tion (caused by JSH-23 injection) on heart reactive oxygen
species level, superoxide dismutase and nitric oxide synthase
activities, and blood pressure regulation in hereditary hyper-
triglyceridemic rats.

2. Material and Methods

2.1. Animals and Treatment. Male 12-week-old normoten-
sive Wistar rats and Prague hereditary hypertriglyceridemic
(HTG) rats (bred in the Institute of Physiology AS CR,
Prague) were used in this study. All animals were kept under
standard laboratory conditions (12 h light, 12 h darkness, 23±
1
∘C, pelleted ST-1 diet, drinking ad libitum). All procedures
and experimental protocols were approved by the Animal
Care Ethical Committee of the Institute of Physiology AS CR
in Prague and conformed to the European Convention on
Animal Protection and Guidelines on Research Animal Use.
Adult 12-week-old Wistar (𝑛 = 18) and HTG (𝑛 = 18) rats
were included in the study. Nine Wistar rats and 9 HTG rats
were taken as controls, whereas the remaining rats (9 Wistar
and 9 HTG) were injected with JSH-23 (bolus, 10 𝜇mol,
i.v.).

At the end of the experiment, one week after JSH-23
injection, blood pressure was measured by a direct puncture
of the carotid artery under light ether anesthesia. Heart was
dissected and left ventricle (LV) was taken for determination
of biochemical parameters.

2.2. Biochemical Parameters. The concentration of con-
jugated dienes (CD) was measured in lipid extracts of
heart homogenates [14]. After chloroform evaporation under
inert atmosphere and addition of cyclohexane, conjugated
diene concentrations were determined spectrophotometri-
cally (𝜆 = 233 nm, GBC 911A, Bio-Rad Laboratories).

Reduced glutathione (GSH) level was determined accord-
ing to Ellman [15]. Samples of LV were homogenized in 1mL
of ice-cold 3% sulphosalicylic acid and, after centrifugation
at 3.000×g for 5min, GSH concentration was determined
spectrophotometrically in the acid-soluble fractions (𝜆 =
412 nm, GBC 911A, Bio-Rad Laboratories).

Total NO synthase (NOS) activity was determined in
crude LV homogenates by measuring L-[3H]citrulline for-
mation from L-[3H]arginine (Amersham, UK) as previously
described by Bredt and Snyder [16] with minor modifications
[17, 18].

Superoxide dismutase (SOD) activity was analyzed in LV
homogenates spectrophotometrically using the SOD assay
kit (Fluka, Switzerland). The absorbance was measured at
450 nm using a microplate reader (Thermo Scientific Multi-
scan FC, Finland). SOD activity was expressed in U/mg of
protein in the tissues.

For Western blot analysis, samples of the LV were used
and probed with polyclonal rabbit anti-eNOS (Santa Cruz
Biotechnology, USA), anti-SOD1 (Santa Cruz Biotechnology,
USA), anti-NF𝜅B (p65) (BioLegend, USA), and anti-𝛽-actin
(Santa Cruz Biotechnology, USA) antibodies.

2.3. Statistical Analysis. Results are expressed as means ±
SEM. One-way ANOVA and Bonferroni test were used for
statistical analysis. 𝑝 < 0.05 value was considered statistically
significant.

3. Results

3.1. Biometric Parameters. At the end of experiment, mean
blood pressure of control HTG rats was significantly
increased (by 40%) in comparison with control Wistar
rats. After JSH-23 treatment, blood pressure was increased
significantly only in HTG rats compared with age-matched
untreated rats (Table 1).

HTG rats had lower body weight and heart weight in
comparison with normotensive Wistar rats. In HTG rats,
HW/BW ratio was significantly higher than in Wistar rats.
JSH-23 administration did not affect body weight, heart
weight, and relative heart weight of Wistar as well as HTG
rats (Table 1).

3.2. Biochemical Parameters

3.2.1. NF-𝜅B (p65) Expression and CD and GSH Concentra-
tion. The protein expression of NF-𝜅B (subunit p65) was
significantly higher in HTG rats than in Wistar rats. JSH-23
treatment had no effect on NF-𝜅B protein expression in HTG
as well as Wistar rats (Figure 1(a)).

The levels of conjugated dienes were increased signif-
icantly in HTG rats as compared to Wistar rats. JSH-23
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Table 1: Bodyweight, heart weight, relative heart weight, andmean arterial pressure ofWistar rats.Wistar rats treated with JSH-23, hereditary
hypertriglyceridemic (HTG) rats, and hereditary hypertriglyceridemic rats treated with JSH-23.

BW (g) HW (mg) HW/BWmg/100 g MAP (mmHg)
Wistar 435 ± 4 1074 ± 24 246 ± 4 95 ± 2
Wistar + JSH-23 426 ± 5 1039 ± 28 244 ± 4 98 ± 4
HTG 328 ± 6+ 890 ± 32+ 271 ± 7+ 133 ± 4+

HTG + JSH-23 344 ± 10 965 ± 23 280 ± 3 144 ± 3∗

BW, body weight; HW, heart weight; HTG, hypertriglyceridemic; HW/BW, heart weight to body weight ratio; JSH-23, 4-methyl-𝑁1-(3-phenyl-propyl)-
benzene-1,2-diamine; MAP, mean arterial pressure. Data are means ± SEM; significant differences +𝑝 < 0.05 compared with Wistar rats; ∗𝑝 < 0.05 compared
with control rats.
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Figure 1: NF-𝜅B protein expression (a) and conjugated diene concentration (b) in the heart. HTG, hypertriglyceridemic; JSH-23, 4-methyl-
𝑁
1-(3-phenyl-propyl)-benzene-1,2-diamine. Data are means ± SEM (𝑛 = 9). +𝑝 < 0.05 as compared toWistar rats; ∗𝑝 < 0.05 as compared to

controls.

increased concentration of conjugated dienes only in HTG
rats (Figure 1(b)).

No significant changes in GSH levels were seen in HTG
rats versus Wistar rats or in HTG rats andWistar rats treated
with JSH-23 (data not shown).

3.2.2. NOS Activity and eNOS Expression. Total NOS activity
was significantly decreased in HTG rats in comparison with
Wistar rats. JSH-23 treatment increasedNOS activity inHTG
rats and there were no significant changes in Wistar rats
(Figure 2(a)).

Endothelial NO synthase (eNOS) protein expression was
increased significantly in HTG rats. JSH-23 administration
did not affect eNOS expression in control Wistar rats, but it
was significantly increased in HTG rats (Figure 2(b)).

3.2.3. SOD Activity and SOD1 Expression. SOD activity was
significantly increased in HTG rats in comparison with
Wistar rats. However, SOD activity decreased significantly
in HTG rats treated with JSH-23 as compared to untreated
HTG rats. JSH-23 treatment had no significant effect on SOD
activity in Wistar rats (Figure 3(a)).

Protein expression of SOD1 was increased in HTG rats
(versus Wistar rats). JSH-23 attenuated the expression of
SOD1 only in HTG rats (Figure 3(b)).

4. Discussion

In the present study, the aromatic diamine JSH-23 compound
was used for the first time to inhibit NF-𝜅B transcriptional
activity in the model of hereditary hypertriglyceridemic rats.
In this model we detected increased BP and heart hypertro-
phy together with increased CD concentration, SOD activity,
and SOD1, eNOS, and NF-𝜅B (p65) protein expressions. On
the other hand, NOS activity was decreased significantly. NF-
𝜅B inhibition led to additional increase in blood pressure
and CD concentration, decrease in SOD1 expression and
SOD activity, and, interestingly, increase in eNOS expression
followed by elevated NOS activity. These results suggested
rather regulatory than pathological role of NF-𝜅B in HTG
rats.

Heart hypertrophy observed in HTG rats in our exper-
iments is in accordance with previous studies, in which
increase in blood pressure about 20–40mmHg represents a
hemodynamic overload that induced left ventricular hyper-
trophy [19]. The serious role of superoxides in blood pres-
sure maintenance of moderately hypertensive HTG rats was
demonstrated by Kuneš et al. using acute i.v. tempol admin-
istration in conscious animals [20]. Zicha et al. reported that
the concentration of conjugated dienes, a marker of oxidative
membrane damage, was significantly increased in the kidney
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Figure 2: Total NOS activity (a) and endothelial NOS protein expression (b) in the heart. HTG, hypertriglyceridemic; JSH-23, 4-methyl-𝑁1-
(3-phenyl-propyl)-benzene-1,2-diamine. Data are means ± SEM (𝑛 = 9). +𝑝 < 0.05 as compared to Wistar rats; ∗𝑝 < 0.05 as compared to
controls.
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Figure 3: Superoxide dismutase activity (a) and SOD1 protein expression (b) in the heart. HTG, hypertriglyceridemic; JSH-23, 4-methyl-
𝑁
1-(3-phenyl-propyl)-benzene-1,2-diamine. Data are means ± SEM (𝑛 = 9). +𝑝 < 0.05 as compared toWistar rats; ∗𝑝 < 0.05 as compared to

controls.

of both 3- and 7-month-old HTG rats in comparison with
Wistar rats. On the other hand, baseline GSH/GSSG ratio,
as a marker of redox control, was significantly higher in
12-week-old HTG rats than in age-matched Wistar rats
[11]. This increase was probably caused by activation of
antioxidant mechanisms in hypertriglyceridemic animals, in
which higher production of reactive oxygen species was
documented [20, 21]. Oxidative stress manifestation was
further enhanced by high-sucrose diet, as demonstrated
by increased TBARS and conjugated diene concentration,
decreased GSH levels, and decreased glutathione peroxidase
activity in blood and liver of this respective animal model
[22].

Increased level of reactive oxygen species may represent
an initial step in the signal cascade of NF-𝜅B activation [2,
5]. Consequently, transcription factor NF-𝜅B enhances gene
expression of antioxidant enzymes in oxidatively stressed
tissue [2]. In our experiment, NF-𝜅B inhibition by JSH-
23 showed decreased SOD1 expression and SOD activity
together with increased CD concentration in the heart of
HTG rats. On the other hand, GSH level was not affected
by this treatment. Previously we have reported that chronic

NF-𝜅B inhibition with lactacystin also increased CD concen-
tration in the heart of𝑁G-nitro-L-arginine methyl ester- (L-
NAME-) treated rats [23]. Similarly, other authors showed
that lactacystin treatment significantly increased oxidative
protein damage (measured as the level of protein carbonyls),
lipid peroxidation, and concentration of 3-nitrotyrosine in
cell culture [24]. Higher levels of lactacystin increased the
concentrations of 8-hydroxyguanine (a biomarker of oxida-
tive DNA damage) and decreased GSH levels. Lactacystin
treatment also decreased significantly activity of superoxide
dismutase 1 and 2 [24]. Previously, Chen et al. documented
accumulation of reactive oxygen species after inhibition of
the NF-𝜅B transcriptional activity also [9].

It has been suggested that intracellular ROS over-
production may represent one of the causes leading to
increased blood pressure in both experimental models and
human hypertension [25–27]. Considering that the reactions
between NO and superoxide anion are most likely a major
cause of impaired endothelium dependent vasorelaxation in
hypertension [28]. As mentioned above, a higher production
of reactive oxygen species was also documented in HTG rats.
In our study, NF-𝜅B inhibition by JSH-23 led to a slight but
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significant blood pressure increase in HTG rats in compar-
ison with untreated animals. We hypothesize that elevated
production of ROS after NF-𝜅B inhibition might play an
important role in blood pressure increase observed in this
experimental model. Similarly, our recent results indicated
that chronic NF-𝜅B inhibition with lactacystin increased
blood pressure in L-NAME-treated rats [23]. Moreover, in
this study, JSH-23 treatment increased total NOS activity in
the heart of HTG rats. Similarly, lactacystin treatment led to
increased production of nitric oxide, measured as levels of
NO
2

− plus NO
3

− in cells [24]. Finally, we observed increased
endothelial NO synthase expression in the heart of HTG rats
treated with JSH-23. These changes could be explained as
a compensatory mechanism activated due to the ROS and
blood pressure increase.

While excessive amounts of ROS can be harmful within
the cells [29], their increase to the regulatory level may
trigger different signal transduction pathways [30, 31]. Dröge
et al. [32] demonstrated that ROS elevated intracellular GSSG
level and thereby acted indirectly on the signal cascade
of NF-𝜅B activation, because NF-𝜅B activation requires an
altered level of GSSG. Activated NF-𝜅B then enhances gene
expression of antioxidant enzymes [2]. In our study, the
inhibition of NF-𝜅B protein by JSH-23 caused inactivation
of NF-𝜅B signaling, blocking presumably also the synthesis
of antioxidants. Indeed, we detected decreased superoxide
dismutase activity and SOD1 expression in the heart of HTG
rats treated with JSH-23. Our present results confirm the role
ofNF-𝜅B signaling in gene expression of antioxidant enzymes
in oxidatively stressed tissue. Cho et al. showed several pos-
sible mechanisms responsible for cellular ROS accumulation
induced by NF-𝜅B inhibition. The most important ones
involve impairment of the activities of antioxidant enzymes
and glutathione depletion by NF-𝜅B inhibition [33]. More-
over, the production of antioxidant enzymes, such as ferritin
heavy chain, manganese-dependent superoxide dismutase,
and metallothionein, was found to exhibit NF-𝜅B-dependent
manner [34]. A study by Cho et al. also reported that NF-
𝜅B inhibition increased superoxide anion level and decreased
GSH level in isolated human CD4+ T cells [33]. Reduced
GSH is a major intracellular antioxidant and NF-𝜅B is the
most important transcription factor, which induces the gene
for glutamylcysteine synthetase, the rate-limiting enzyme for
GSH synthesis [35]. NF-𝜅B inhibitors, including pyrrolidine
dithiocarbamate [36], parthenolide [37], gliotoxin [38], and
proteosome inhibitor [24], were reported to cause GSH
depletion. However, our present study did not confirm the
decrease of GSH level after JSH-23 treatment.The unchanged
GSH level alongwith increased eNOSprotein expression after
JSH-23 treatment in the heart may represent a compensatory
mechanism activated due to ROS accumulation and blood
pressure increase in HTG rats.

In conclusion, our data show that NF-𝜅B inhibition by
JSH-23 leads to further increase of oxidative damage followed
by increased blood pressure in themodel of hereditary hyper-
glyceridemic rats. Under these conditions, increased NO
production represents rather counterbalancing mechanism
activated by blood pressure increase in this respective model.

Thus, NF-𝜅B inhibition under increased ROS level may not
always have a beneficial effect in the heart.
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[20] J. Kuneš, Z. Dobešová, and J. Zicha, “Altered balance of main
vasopressor and vasodepressor systems in rats with genetic
hypertension and hypertriglyceridaemia,” Clinical Science, vol.
102, no. 3, pp. 269–277, 2002.
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Undiminishing actuality of enzyme modification for therapeutic purposes has been confirmed by application of modified
enzymes in clinical practice and numerous research data on them. Intravenous injection of the superoxide dismutase-chondroitin
sulfate-catalase (SOD-CHS-CAT) conjugate in preventive and medicative regimes in rats with endotoxin shock induced with a
lipopolysaccharide bolus has demonstrated that antioxidant agents not only effectively prevent damage caused by oxidative stress
(as believed previously) but also can be used for antioxidative stress therapy. The results obtained emphasize the importance of
investigation into the pathogenesis of vascular damage and the role of oxidative stress in it. The effects of intravenous medicative
injection of SOD-CHS-CAT in a rat model of endotoxin shock have demonstrated a variety in the activity of this conjugate
in addition to prevention of NO conversion in peroxynitrite upon interaction with O

2

∙− superoxide radical. Together with the
literature data, these findings offer a prospect for the study of NO-independent therapeutic effects of SOD-CHS-CAT, implying the
importance of a better insight into themechanisms of the conjugate activity inmodeled cardiovascular damage involving vasoactive
agents other than NO.

1. Introduction

A considerable role of enzymes in human body has prompted
an extensive research of their derivatives for medical appli-
cation. The intense initial period of the research promoted
the development of “new biology” [1] and biopharmacology
[2]. A decrease in the number of studies of proteins for ther-
apeutic purposes was followed by great diversity of enzyme
modification methods. Some enzyme derivatives have found
successful clinical application. For instance, investigation and
development of plasminogen activators provided a current
set of protein preparations for clinical thrombolysis [3].Their
effectiveness urges further improvements, such as a decrease
in molecular mass (compared with parent molecules) or an
increase in it upon construction of new modified agents
[4]. Fast development of glycobiology [5, 6] leads to new
approaches and targets for the future protein therapy. Nan-
otechnologies allowed large biological conjugates for further
investigation [3, 7–9], and “smart” biopolymers responding
to temperature, aX, and effects of biomolecules [10] were

developed. New conceptions contributed to further diversifi-
cation of protein agents, new protocols of their clinical trials,
and appearance of novel aspects in the search for medical
enzyme derivatives.

2. Improvement of Enzyme Agents
by Modification

Modification of enzymes to overcome their disadvantages for
medical use (low stability in the body, short retention period
in the bloodstream, low resistance to inhibitors, etc.) and to
add to them new properties (ability to concentrate in the
damaged area, reduce toxicity, etc.) has been successfully used
for a long time [3, 4]. Covalent binding of low-molecular-
mass heparin to Cu, Zn-superoxide dismutase increased the
enzyme stability in acid and alkaline media as well as its
resistance to trypsinolysis and temperature [11]. Conjugation
of bovine pancreatic ribonuclease with poly[N-(2-hydrox-
ypropyl)methacrylamide] prolongs the enzyme retention in
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the circulation and increases its proteolytic stability and resis-
tance to inhibitors [12], thus enhancing antitumor activity
of the ribonuclease. Antioxidant effect of ovalbumin and
antimicrobial activity of lysozyme increase after glycosyla-
tion with galactomannan [13]. Covalent binding of peptides
with albumin enhances their antiviral activity and in vivo
half-life [14]. Polyethylene glycol (PEG) is often used to
prolong the effects of enzyme derivatives in the organ-
ism. After PEGylation, recombinant human hyaluronidase
markedly suppresses the growth of pancreatic tumor in mice
[15]. PEGylated lysozyme displays activity in a wide aX
range, stability at 50∘b, and high resistance to proteolysis
[16]. New methods for controlled PEGylation of peptides
and proteins using transglutaminase have been suggested
[17]. Modification with the amphiphilic polymer poly(N-
acryloylmorpholine)was used as an alternative to PEGylation
[18]. Recent evidence demonstrates the diversity and effec-
tiveness of protein modifications for the development of new
medical protein derivatives [3, 4, 19, 20] and evaluates the
role of protein modifications in various physiological and
pathological processes [21].

3. Diversity and Generalization of
Interdisciplinary Studies of Protein Drugs

Optimization of technologies for production of protein
derivatives and their clinical application have broadened the
prospects of employing proteins as potential candidates for
pharmacological agents. Protein-based products for biomed-
ical purposes (compositions, combined drugs) [22, 23] were
determined, new methods of their production and isolation
were suggested [24], and the concordance between structural
modifications of biopharmaceutics and their therapeutic
effectiveness and safety was evaluated [25]. It should be
noted that development of protein drugs has numerous
stages, such as choice of modification method, optimization
of modification, analysis of the active agent binding and
release, cytotoxicity and toxicological parameters, statistically
significant confirmation of therapeutic effects in vivo, study
of biodistribution of derivatives, and evaluation of techno-
logical approaches [4, 10]. This has provoked a vast array
of publications in biochemical, physiological, clinical, and
biotechnological journals, which accelerated distribution of
information but hampered a presentation of consecutive evi-
dence concerning a given pharmaceutical agent. Therefore,
papers selected due to semantic search technology (for a
concrete test object) were provided by electron libraries [26–
28]. An analysis and review of the results obtained in interdis-
ciplinary study of protein derivatives for medical application
seems relevant in this situation.The present review deals with
consecutive studies of the superoxide dismutase-chondroitin
sulfate-catalase (SOD-CHS-CAT) conjugate, a supramolecu-
lar modified enzyme derivative.

4. Combined Effect of Antioxidant Enzyme
Conjugate in Oxidative Stress

In the norm the activity of oxidation-reduction (redox) sys-
tem in the body is countervailed by that of antioxidant system

[29]. Shift in this balance towards overproduction of reactive
oxygen species facilitates the development of oxidative stress
with nonselective structural and functional damage to biolog-
ical molecules and progression of pathology. Oxidative stress
can be prevented and blocked by antioxidant therapeutic
agents [30, 31], antioxidant enzymes among which being
effective means to achieve this goal [32]. Modification of
these enzymes improves their bioavailability, reduces effec-
tive dose, and increases the efficacy of therapy [4, 29, 30, 32–
34].

The basis for successful antioxidant therapy is laid by the
use of antioxidants at early stages of pathology, their local-
ization and effective concentration in the damaged area, suf-
ficient retention time in the body, safety, absence of toxic
product accumulation, and beneficial interactions with body
systems, for instance, immune system [29, 30, 32]. Neutral-
ization of active oxygen species at the initial stages of their
production is strongly associatedwith an effective blockade of
damage induced by oxidative stress.This goal is achievedwith
help of superoxide radical scavengers at the early stages of
chain transformations associatedwith oxidative stress. Super-
oxide dismutase (SOD), an enzyme that catalyzes the dis-
mutation (or neutralization/partitioning) of the superoxide
radical (\

2

∙−), can be employed as an interceptor. Hydrogen
peroxide (X

2
\
2
) which in excessive amounts contributes to

oxidative damage should be detoxified with catalase (CAT).
This enzyme catalyzes X

2
\
2
breakdown to harmless water

and oxygen. Connected activities of SOD andCAT effectively
block \

2

∙− and X
2
\
2
, when hydrogen peroxide, a product of

SOD-catalyzed reaction, turns into substrate for CAT.

Schemes of SOD- and CAT-Catalyzed Reactions. Consider
the following:
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(1)

It is noteworthy that these conversions should be effectively
realized in the damaged area which is often confined to the
vascular wall. Antioxidant agents, including enzyme deriv-
atives, have been used to prevent oxidative damage to blood
vessels.

We have developed a covalent water-soluble bienzyme
conjugate SOD-CHS-CAT [35, 36] which offers an effective
defense of the vascular wall against oxidative stress damage.
Some parameters of bienzyme SOD-CHS-CAT conjugate are
given in Table 1. Coupling of SOD and CAT activities in
the conjugate has provided higher efficiency in comparison
with individual activities of SOD andCAT and their mixtures
(Figure 1) [37]. This effect emphasizes the importance of
simultaneous presence of these enzymes in the damaged
area (focus of injury). Enhanced accumulation of chondroitin
sulfate (CHS) in vascular zones of atherosclerotic lesions has
determined the choice of this glycosaminoglycan of endothe-
lial glycocalyx for preparation of the conjugate to potentiate
its vasodilatory effect [38] and rooted antioxidant activity
without accumulation of concomitant toxic products [37].
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Table 1: Some characteristics of SOD-CHS-CAT derivative.

Parameters of bienzyme SOD-CHS-CAT conjugate
Appearance of derivative White-gray powder
Content of protein in preparation 5–7%
Specific SOD activity 43–47U SOD/mg preparation
Specific CAT activity 70–75U CAT/mg preparation
Effective dose for intravenous bolus administration in vivo 1-2mg preparation

Recommended dose (according to enzyme activity) for acute injury in vivo 80–90U SOD/kg
145–185U CAT/kg
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Figure 1: Dark areas at the top of bars demonstrate intervals of antithrombotic activities of various forms of SOD and CAT according to
occlusion time (a) and thrombus mass (b). 1, control (normal saline); 2, mixture of native SOD and CAT; 3, mixture of native SOD and CAT
with free CHS; 4, mixture of native SOD with CAT-CHS derivative; 5, mixture of SOD-CHS derivative with native CAT; 6, mixture of SOD-
CHS and CAT-CHS derivatives; 7, SOD-CHS-CAT bienzyme derivative. Each combination of the derivatives was intravenously injected into
rats with arterial thrombosis induced by ferric chlorine (saturated solution). The dose was similar to that for SOD-CHS-CAT conjugate (37
± 3U SOD and 80 ± 3U CAT activities).
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Figure 2: Arterial blood pressure (AP, (1)) and heart rate (HR, (b)) in anesthetized rabbits: control group (curve 1, bolus injection of normal
saline), acute experiment group (curve 2, bolus injection of SOD-CHS-CAT conjugate), and prophylaxy experiment group (curve 3, injection
of SOD-CHS-CAT 3 days before acute experiment with hydrogen peroxide). Arrows indicate initiation and termination of hydrogen peroxide
infusion and bolus injection of normal saline or SOD-CHS-CAT conjugate (1.5mg/kg).

Supramolecular structure of the conjugate has turned it
into a nanoparticle that inhibits platelet aggregation induced
by adenosine diphosphate (ADP), serotonin, or thrombin
receptor agonist peptide (TRAP), which was never displayed
by individual SOD and CAT [4, 39]. Preventive intravenous
injection of SOD-CHS-CAT into rats 10min before initializa-
tion of thrombosis in the carotid artery [37] or 10min before

H
2
O
2
infusion in a rabbit or rat model of oxidative stress [39]

has demonstrated a statistically significant antithrombotic
effect of the bienzyme conjugate and restoration of vital
hemodynamic parameters: arterial blood pressure (AP) and
heart rate (HR, Figure 2). Moreover, AP and HR decrease
in response to the first injection of hydrogen peroxide was
negligibly small in rabbits injected with SOD-CHS-CAT 3
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Preventive action of SOD-CHS-CAT conjugate

Intravenous bolus of
SOD-CHS-CAT 3mg/kg

or saline 0.5mL

Initial state
15min 10min

Intravenous bolus of LPS
15mg/kg

7hours
Hemodynamic parameters registration

24hours
Registration of survivance

(a)

Intravenous bolus of
SOD-CHS-CAT 3mg/kg

or saline 0.5mL

Initial state
15min 20min

Intravenous bolus of LPS
15mg/kg

7hours
Hemodynamic parameters registration

24hours
Registration of survivance

Medicative action of SOD-CHS-CAT conjugate

(b)

Figure 3: Experimental scheme with preventive (1) and medicative (b) regimens for intravenous injection of SOD-CHS-CAT bienzyme
conjugate into rats.

days before the experiment. These findings point to the
importance of preventive administration of the bienzyme
conjugate and are consistent with the generally accepted
concept of preventive (prior to the development of oxidative
damage) application of antioxidants. Efficacy of small doses
of SOD-CHS-CAT in amodeled oxidative stress [4, 37] urged
for further biopharmaceutical studies of the conjugate.

5. Block of Oxidative Stress by Preventive
Administration of SOD-CHS-CAT

Preventive effect of SOD-CHS-CAT bienzyme conjugate was
examined in a ratmodel of endotoxic shock induced by intra-
venous bolus injection of 15mg/kg lipopolysaccharide (LPS)
isolated from Salmonella enterica serotype Typhimuriumwith
subsequent monitoring of AP, HP, andmortality rate within a
given time period.The experiments were performed in coop-
eration with Laboratory of Experimental Myocardial Pathol-
ogy, Laboratory of Stem Cells, and Laboratory of Physic-
Chemical Methods at the Institute of Experimental Cardiol-
ogy.

Rapid production of reactive oxygen species (ROS) in
oxidative stress causes nonselective damage to biological
macromolecules, thus provoking progression of pathological
disorders. Administration of antioxidants before the devel-
opment of damage (Figure 3(a)) is aimed at its reduction [29,
32, 40]. Injection of SOD-CHS-CAT conjugate 10min before
LPS bolus increased 24 h survival rate to 69 ± 8% versus 43
± 8% in the control (𝑝 < 0.03, Figure 4). The area under

the Kaplan-Meier curve in the control and experiment was
1.384 and 1.971, respectively, indicating statistically significant
1.4-fold increase in this parameter. This effect demonstrates
that preventive administration of SOD-CHS-CAT increases
rat viability in endotoxic shock.

6. Medicative Administration of
SOD-CHS-CAT Is Effective against
Oxidative Stress

It should be noted that endotoxin damage develops through
two successive stages [40]. The first is referred to as neuro-
logical. It is associated with the nervous system reactions,
develops within 20min after LPS injection, and is blocked by
injection of 2% lidocaine into the preoptic anterior hypotha-
lamic area [41]. The second stage is referred to as cytokine-
dependent, being associated with the release of the cytokines
(bradykinin and TNF-𝛼, interleukins IL-1𝛼 and IL-1𝛽, and
chemokines IL-6, IL-8, and IL-18) as well as increasing blood
concentration of nitric oxide. It develops 20–90min after LPS
bolus injection. The absence of differences between AP and
HR in control and experimental rats during the neurological
stage of oxidative damage development substantiates the
actuality of studying medicative activity of SOD-CHS-CAT,
implying an intravenous injection of the conjugate 20min
after, but not before, LPS (Figure 3(b)), thus bypassing the
neurological stage.

After SOD-CHS-CAT injection according to the exper-
iment scheme, survival rates of control and experimental
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Figure 4: 24 h lethality of rats with endotoxic shock (left, (a) Kaplan-Meier curves; right, (b) diagram presentation of the areas under these
curves) after preventive intravenous injection of SOD-CHS-CAT bienzyme conjugate. Here and in other figures 𝑛 is the number of animals
in groups.

groups were 35 ± 9% and 61 ± 9%, 𝑝 < 0.04, respectively
(Figure 5). The area under the Kaplan-Meier curve was 1.129
in control and 1.643 in experimental rats, demonstrating a
1.46-fold increase in viability.

7. Effects of Preventive and Medicative
SOD-CHS-CAT Injection in a Rat Model of
Endotoxin Shock

The similarity between AP and HR changes after preventive
and medicative injections of SOD-CHS-CAT with signif-
icantly enhanced survival of rats in experimental groups
demonstrates that HR increase is a compensatory reaction
to AP decrease in endotoxic shock. Restoration of AP was
faster in experimental rats, while intergroup changes in
HR were statistically insignificant [40]. The cytokine stage
of oxidative damage development was chosen as a target
for successful therapeutic correction with vascular antiox-
idants (SOD-CHS-CAT). Effectiveness of the conjugate in
preventive and medicative regimens indicated its potential
wide application. Direct antioxidant effect of SOD-CHS-
CAT, particularly at the initial stages of oxidative damage
[39], and remote/distant therapeutic effects [23, 33] actualized
elucidation of mechanisms underlying these effects. This was
facilitated by changing the administration route in a rat
model of endotoxin shock.

It should be noted that oxidative stress has surely and
soundly become a significant and attractive target for car-
diovascular prevention and therapy [42]. A decrease in

oxidative stress demonstrated the efficacy of antioxidant ther-
apy in STEMI (ST-segment-ElevationMyocardial Infarction)
patients [34]. Systematic search for factors determining the
success of biomedical data translation into clinical practice
contributes to effective transition from the research to the
clinic [43]. These trends stipulate efficacious formation of
antioxidant therapy resources on the basis of biopharmaco-
logical investigations in animal [34, 42, 43].

8. Effect of Peroral Administration of
SOD-CHS-CAT on the Development of
Endotoxin Shock

Bearing in mind that peroral route of administration
improves availability and spread of a drug, we designed an
experimental protocol to test the effectiveness of the bien-
zyme conjugate administered perorally. Rats were given
SOD-CHS-CATwith cottage cheese at a daily dose of 17.5mg/
kg body weight for 3 weeks (experimental group). Control
rats did not receive the conjugate. The dynamics of weight
gain was similar in both groups. AP, HR, and 24 h lethality
were monitored after an intravenous LPS bolus injection
(15mg/kg).

There were no statistically significant intergroup differ-
ences in survival rate: 63 ± 10% (control) and 73 ± 10%
(experiment) (Figure 6). It is noteworthy that lethal outcome
was earlier in control rats, as evidenced by statistically sig-
nificant differences 2, 4, and 5 h after LPS injection (𝑝 < 0.05).
During a 5 h period the areas under the Kaplan-Meier curves
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Figure 5: 24 h lethality of rats with endotoxic shock ((1) Kaplan-Meier curves and (b) diagram presentation of areas under these curves) after
medicative intravenous injection of SOD-CHS-CAT bienzyme conjugate.
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Figure 6: 24 h lethality of rats by Kaplan-Meier curves (1) and % surviving animals by the end of the observation period (b) after intravenous
injection of LPS (15mg/kg) into rats given SOD-CHS-CATperorally (experimental group) and rats that did not receive the conjugate (control).
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Figure 7: 5 h lethality of rats after intravenous injection of LPS (15mg/kg) into rats given SOD-CHS-CAT perorally (experimental group)
and rats that did not receive the conjugate (control). (1) Data according to Kaplan-Meier curves, (b) according to diagram presentation of
areas under the curves.

were 0.671 ± 0.003 (control) and 0.800 ± 0.001 (experiment),
that is, 1.192-fold greater (𝑝 < 0.001, Figure 7). These results
indicate preservation of rat viability in the given period
of endotoxic shock and point to protective fast-acting of
SOD-CHS-CAT. A rapid therapeutic effect of the bienzyme
conjugate suggests that its doses should be varied in an
attempt to increase the effectiveness of peroral administration
in a complex therapy.

The absence of statistically significant intergroup differ-
ences in 24 h lethality (Figure 6) can be associated with insuf-
ficient supply of SOD-CHS-CAT and its depletion/destruc-
tion in rat organism after peroral administration. A compar-
ative in vitro study of trypsinolysis resistance of SOD-CHS-
CAT and individual CAT and SOD has revealed a marked
decrease in the enzyme activity of these compounds after
3 h incubation with trypsin. Destruction was confirmed by
electrophoresis which demonstrated a wide band of small-
molecular-weight fraction in comparison with initial sam-
ples. These findings indicate that SOD-CHS-CAT adminis-
tered by peroral route is prone to proteolytic destruction.

9. Conclusion

The results obtained confirm statistically significant effect
of experimental therapy with SOD-CHS-CAT in preventive
and medicative regimens and substantiate the actuality of
investigating the mechanisms responsible for this effect. Col-
lected evidence points to a direct antioxidant effect of SOD-
CHS-CAT [30, 39] and a possibility of increasing the level of

endogenous antioxidant biocatalysts after administration of
therapeutic antioxidants [23, 33]. Moreover, it was reported
that the size of myocardial infarction in rats can be reduced
by NO-independent stimulation of guanylyl cyclase [44].
ROS generation was recorded at late stages of angiotensin
II-induced hypertension [45] and mechanosensor regulation
of angiotensin-converting enzyme was observed in response
to endothelial shear stress [46, 47]. These data demon-
strate NO-independent pathways for realization of vasodi-
latation/constriction. In addition to NO defense against
conversion into peroxynitrite upon interaction with super-
oxide radial, the diversity of protective effects provided by
antioxidants shows a prospect for a research in the mech-
anisms involving various vasoactive agents (not only NO)
and determines the pathways for NO-dependent and NO-
independent therapeutic effects of SOD-CHS-CAT bienzyme
conjugate. The research into vascular damage pathogenesis
and evaluation of the role of oxidative stress in it (time and
place) are of paramount importance.

Production of novel protein drugs is strongly dependent
on the development of biopharmaceutical industry. It has
been generally accepted that producing companies should
choose only two goals from the three major ones: high prod-
uct quality, speedy development/production, and low cost of
the product [48]. However, current situation urges the indus-
try to achieve these three goals simultaneously. Undoubtfully,
high quality, fast production, and reasonable price require
advanced technologies and business strategies (the use of
biomimetic metabolic pathways, breakthrough therapeutic
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schemes, competition in the most promising areas, etc.). It
has been suggested that this will be facilitated by smallermar-
kets and small-scale products of biopharmaceutical industry
for next ten years [48]. Such a development can accelerate
production of drugs based on antioxidant enzymes.

Our findings demonstrate the effectiveness of SOD-CHS-
CAT conjugate in prevention and medication of oxidative
stress damage, attract attention to the elucidation of mech-
anism of its action (probably, especially via NO-independent
pathway), and emphasize the increasing actuality of the
research into pathogenesis of cardiovascular disorders and
contribution of oxidative stress to them.
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Background and Objective. Bisphenol A (BPA) is an abundantly used xenoestrogenic chemical which may cause various disorders
in body. In the present study, we sought to investigate the effects of various doses of BPA on hepatic oxidative stress-related gene
expression in rats. Methods. Male Wistar rats weighing 150–200 g were used in this study. Three doses of the BPA (5, 25, and
125𝜇g/kg) in corn oil were administered as gavage during 35 consecutive days. After the experiment, the rats were expired and the
livers were removed and stored at −80∘C freezer for RNA extraction. Findings. The Real Time PCR showed increased expression
of HO-1 in the rats receiving BPA doses compared to the control group. This effect was dose-dependent and higher at doses of 25
and 125 𝜇g/kg than 5𝜇g/kg of body weight (𝑝 < 0.05). It was also demonstrated that various doses BPA can increase GADD45B
gene expression compared to control group. That expression was significantly dominant in the lowest dose (5 𝜇g/kg) of the BPA
(𝑝 < 0.05).Thefinal bodyweights (168.0±10.0 gr) in the treatment group [BPA (125𝜇g/kg)] showed a significant decrease compared
to control group (191.60 ± 6.50 gr). Conclusion.These findings demonstrate that BPA generated ROS and increased the antioxidant
gene expression that causes hepatotoxicity.

1. Introduction

Bisphenol A (BPA) is a synthetic xenoestrogenic compound
as [1] which is widely used as a keymonomer in production of
various polycarbonate plastics and epoxy resins, such as food
and drink containers, baby bottles, and dental sealants [2].

Although the BPA is not dangerous in polymeric form,
it is unstable in acidic and basic solutions and exposure to
UV light. Those conditions may convert the polymeric BPA
to monomeric forms. In this condition BPA is released into
food, beverages, or environment [3]. Due to long-term release
of the PBA from food product containers, most individuals
in general populations are widely exposed to this substance,
according to the fact that every year hundreds of tons of
the BPA are released into atmosphere [2]. It is water soluble
as reported at high level in marine populations [4]. Many

investigations have been conducted to evaluate the toxic
effects of the BPA on human health [5].

Several studies have revealed the toxic effect of BPA (even
at low doses) on various organs by increasing oxidative stress
[6]. The liver is an important organ that has been affected
by the BPA through inducing oxidative stress [6–8]. Reactive
oxygen species (ROS) such as superoxide, hydroxyl and
proxy radicals, and hydrogen peroxide are cytotoxic agents
that are able to stimulate oxidative stress by impairment of
prooxidant/antioxidant balance [9, 10].

Up to date, somany investigations have demonstrated the
impact of the BPA induced oxidative stress on various genes
in liver [8, 11]. HO-1 and GADD45B are two genes which
their expression can be affected on oxidative stress [9, 12–14].
HO-1 gene product is responsible for heme catabolism that
may result in CO production which subsequently increase
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Table 1: The primers and probes sequences for GAPDH, HO-1, and GADD45B genes.

Gene name Forward primer (5-3) Reverse primer (5-3) FAM Probe

GAPDH CTACATGGCCTCCAAGGA-
GTAAG

TGGAATTGTGAGGGAGAT-
GCTC

ACCACCCAGCCCAGCAAGGATACT-
TAMRA

HO-1 ACAGCATGTCCCAGGATT-
TGTC

GGAGGCCATCACCAGCTT-
AAAG

CCCTGGACACCTGACCCTTCTGAAAG-
TAMRA

GADD45B GAAGATGCAGGCGGTGAC-
TG CCTCCTCTTCTTCGTCTATGGC CAGGCACAAGACCACGCTGTCGG-

TAMRA

gene expression of interleukin-10 (IL-10) and interleukin-1
receptors (IL-1R).This process can reduce inflammation [15].
Another gene that its expression increases oxidative stress
is GADD45B. This increased expression affects stopping
cell cycle survival, apoptosis, and DNA repair. Its expres-
sion pattern change reveals rate of cell damage at gene level
[14].

Based on the important role of two mentioned genes in
oxidative stress condition, the present study was designed
to investigate the impact of the BPA on expression of HO-1
and GADD45B and clarify whether they can be considered
as appropriate biomarkers following the BPA hepatotoxicity.

2. Materials and Methods

2.1. Chemicals and Reagents. Bisphenol A with purity >99%
(Daejung, Korea), tripure and DEPC (Roche, Sigma, Ger-
many), and C-DNA kit (Amplisens Co., Russia) were
obtained. The primers for RT-PCR analysis were synthesized
by Bioneer, Korea. All other chemicals were purchased from
local commercial sources.

2.2. Animals. Male Wistar rats (10 to 12 weeks old) were
prepared from animal room of Babol University of Medical
Science (Babol, Iran).

All rats were housed in plastic cages under a well-
regulated light and dark schedule (12 h light : 12 h dark) at
22 ± 2

∘C, at humidity (50 ± 5%) environment, and with free
access to chow and tap water ad libitum.

The University Ethics Committee approved the study and
all the experiments were performed in accordance with the
guidelines for Care and Use of Laboratory Animals.

2.3. Treatment. The rats were randomly divided into four
groups (𝑛 = 5). The BPA was given in three doses (5, 25, and
125 𝜇g/kg in corn oil as vehicle). It was orally administered
every 24 hours for 35 days. The control group received olive
oil alone.

2.4. Necropsy. All rats were fasted overnight after receiving
the last dose of the BPA in corn oil. Then they were anes-
thetized using sodium thiopental and were finally sacrificed.
Subsequently, the liver of each rat in specified group was
removed and cleaned from adhering fat and connective
tissues. The liver samples were quickly snap-frozen in liquid
nitrogen and then were stored at −80∘C for future experi-
ments.

2.5. RNA Extraction. Total RNA was extracted from frozen
rat liver tissues using tripure reagent kit and dissolved in
diethylpyrocarbonate-treated deionized water; the quality
and quantity of extracted RNA were assessed using Spec-
trophotometer (Thermo, USA) at 260 and 280 nm.

2.6. cDNA Synthesis and Real Time PCR Procedure. First-
strand cDNA was synthesized by reverse transcription using
Reverta-L RT Reagent kit, in accordance with the manufac-
turer’s instruction.The thermocycler for cDNA synthesis was
set up at 37∘C for 30min.

Quick PCR (qPCR) was performed using an Applied
Biosystems 7300 Real Time PCR System (Applied Biosys-
tems, Branchburg, NJ, USA) at three conditions, 95∘C for
5min, 45 cycles at 95∘C for 30 s, and 60∘C for 1min. Expres-
sion levels of mRNA were normalized to GAPDH gene as the
endogenous control. Then the relative differences between
control and treatment groups were calculated and expressed
as percentage of controls. Primers and probes for the qPCR
were designed using Allele ID 6. All primers were listed in
Table 1.

2.7. Statistical Analysis. All the analyses were performed
using SPSS software version 19. Statistical analyses were
performed using one-way ANOVA followed by post hoc
Tukey test. The significance of differences between data was
assumed at 𝑝 < 0.05.

3. Result

3.1. Weight Changes. Body weight of the animals was
recorded at the beginning of the experiment as baseline
and before killing them. Based on the results, the weight
was decreased in the BPA receiving groups compared to the
control (Table 2 and Figure 1).

3.2. The Findings of Real Time PCR. The results of Real
Time PCR showed that different concentrations of the
BPA increased the expression of HO-1 compared to the
control group (𝑝 < 0.05). This increased expression was
dose-dependent and there was a significant difference (𝑝 <
0.05) between the effects of medium dose (25 𝜇g/kg) and
high dose (125 𝜇g/kg). Despite increased expression of HO-
1, no significant difference was observed after administer-
ing dose of 5 𝜇g/kg BPA, compared to the control group
(Figure 2).
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Table 2: Mean ± SD of the body weight of rat receiving the BPA and
control.

Treatment groups Body weight (g) at
baseline

Body weight (g)
after 35 days

Control 187 ± 8.72 191.60 ± 6.50
BPA (5𝜇g/kg) 183 ± 9.95 172.8 ± 7.56∗

BPA (25 𝜇g/kg) 175.80 ± 9.01 160.4 ± 5.03∗

BPA (125𝜇g/kg) 171.6 ± 6.68 168.0 ± 10.0∗
∗

𝑝 < 0.05 significantly different from control group.

Control Bis 5 Bis 25 Bis 125
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Figure 1:Mean of weight difference of baseline and end of treatment
in control (olive oil) and bisphenol A receiving groups (𝑛 = 5).
Bis 5: bisphenol A 5 𝜇g/kg, Bis 25: bisphenol 25 𝜇g/kg, and Bis 125:
bisphenol 125 𝜇g/kg.

The results of Real Time PCR showed that administration
of 5 and 25 𝜇g/kg doses of the BPA significantly increased
GADD45B gene expression compared to the control (𝑝 <
0.05). This expression was significantly dominant in dose
of 5 𝜇g/kg (Figure 3). Surprisingly enough, despite increase
in expression of BPA concentration (25 and 125𝜇g), the
increased expressionwas not dependent on increased bisphe-
nol A condensation; so gene expression was decreased at
every level compared to previous level; and, contrary to
GADD45B gene expression, the difference was not further
significant at the concentration of 125 𝜇g of bisphenol A
compared to the control group (Figure 3).

4. Discussion

TheBPA is an estrogen-like chemical that can be released into
the environment.Themost studies have focused on its effects
on reproductive system [16, 17]. The LD50 of the BPA (oral,
rat) is 3.25 g/kg [18]. American environmental protection
agency (EPA) has defined an acceptable daily dose of 50 𝜇g/kg
of the BPA [19].

All three doses of the BPA induced a significant decrease
in body weight in comparison to the control. Similar result
was reported in a previous study on body weight loss [20].

It has been shown that the BPA by decreasing expression
of the gene responsible for prevention of oxidative activity
can induce production of ROS and subsequent hepatotoxicity
[11].

HO-1 gene encodes an enzyme with the same name
which can degrade heme molecule and help production of
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Figure 2: Dose-dependent increase in HO-1 gene expression in
bisphenol A receiving groups compared to the control (olive oil).
Higher effect is seen in dose of 125 𝜇g/kg bisphenol A receiving
group. ∗𝑝 < 0.05 significantly different from control group.
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Figure 3: Dose-dependent increase in GADD45B gene expression
in bisphenol A receiving groups compared to the control (olive oil).
Higher effect is seen in dose of 5 𝜇g/kg bisphenol A receiving group.
∗

𝑝 < 0.05 significantly different from control group.

compounds such as carbon monoxide and biliverdin. In
addition to these activities, continuous expression of the gene
in steady statemay be associatedwith adverse effects on living
cells [21].

Although there are limited data on the effect of different
concentrations of the BPA on gene expression in the liver, the
present study in order to assess its liver cell toxicity showed a
dose-dependent profile of increased gene expression of HO-
1 as compared to the control. This expression of HO-1 gene
was the highest in the group receiving largest dose of the BPA
(125 𝜇g/kg).

Several investigations have focused on the role of the BPA
in expression of genes and proliferation of cancer cells by
stimulating the MAPK signaling pathway [22]. It has been
shown that the BPA can affect the expression of Fkbp5 gene
and its methylation, indicating its effective role on stress
responses in cells [23].

The impact of the BPA on antioxidant activity of genes in
the liver was also examined through Real Time PCRmethod.
The results showed that the BPA causes the production
of ROS which can significantly reduce the expression of
antioxidant genes, leading to liver toxicity [24]. A study
conducted on rats, which were exposed to doses of 0.1, 3,
and 10mM of inorganic arsenic for 72 hours, showed an
increment in HO-1 gene expression [12]. It was also shown
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that HO-1 is a good biomarker to detect and define arsenic
cell toxicity [25]. In another study on rats treated with
various doses of the BPA (0.1, 1, 10, and 50mg/kg), the
compound led to changes in expression levels of antioxidant
genes of glutathione, peroxidase (GSHPx), catalase (CAT),
glutathione transferase (GST), and glutathione reductase
(GR) in liver tissue. Expression of these antioxidant genes
was decreasedwith increasing doses of the BPA.However, the
impact of these doses of the BPA on biomarkers of oxidative
stress showed a different result. With increasing doses of the
BPA, the levels of TBARS and NO (𝑥) were increased and
GSH and SOD decreased [24].

Another result obtained in the present study showed that
different doses of the BPA increased GADD45B gene expres-
sion compared to the control. This increased gene expression
was significantly evident at the lowest doses (5 𝜇g/kg), but
the gene expression was decreased in larger doses of the BPA
compared to the low doses. Although an increased expression
of GADD45B gene was shown in comparison to the control
group, this increment was not statistically significantly the
highest doses of the BPA. One of the results of this study is
the positive effect of expression of this gene on cell apoptosis.
When the rats received higher doses of the BPA, Gadd45
gene expression is increased first. Increased expression of
Gadd45 gene stimulates apoptosis and the percent of viable
cells for expression of this gene is being decreased gradually.
As a result, with increasing doses of the BPA, gene expression
followed a decreased trend. In the case of HO-1 gene, no
study has reported changes in GADD45B gene expression
after administering BPA in rats.

5. Conclusion

According to the results, it is concluded that bisphenol A
(BPA) increased expression of HO-1 gene more than Gadd45
gene at high doses. The BPA can induce dose-dependent
liver damage. Increased reactive oxygen species (ROS) and
oxidative reactions may be responsible for the toxicity.
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High heterogeneity of macrophage is associated with its functions in polarization to different functional phenotypes depending
on environmental cues. Macrophages remain in balanced state in healthy subject and thus macrophage polarization may be
crucial in determining the tissue fate. The two distinct populations, classically M1 and alternatively M2 activated, representing
the opposing ends of the full activation spectrum, have been extensively studied for their associations with several disease
progressions. Accumulating evidences have postulated that the redox signalling has implication in macrophage polarization and
the key roles of M1 andM2macrophages in tissue environment have provided the clue for the reasons of ROS abundance in certain
phenotype. M1 macrophages majorly clearing the pathogens and ROS may be crucial for the regulation of M1 phenotype, whereas
M2 macrophages resolve inflammation which favours oxidative metabolism. Therefore how ROS play its role in maintaining
the homeostatic functions of macrophage and in particular macrophage polarization will be reviewed here. We also review
the biology of macrophage polarization and the disturbance of M1/M2 balance in human diseases. The potential therapeutic
opportunities targeting ROS will also be discussed, hoping to provide insights for development of target-specific delivery system
or immunomodulatory antioxidant for the treatment of ROS-related diseases.

1. Introduction

Accumulating studies have implied the physiological role of
reactive oxygen species (ROS) in various biological processes
at distinct levels, for example, gene expression, protein
translation, posttranslationalmodification, and protein inter-
actions. Instead of merely being a harmful byproduct of
metabolism, cell-derived ROS majorly derived from hydro-
gen peroxide (H

2
O
2
), superoxide anions (O

2

−), and hydroxyl
radicals (OH−), is an independent or cooperative regulator
for cellular signalling in response to environmental cues.
For instance, H

2
O
2
, due to its long-lived nature and ability

to easily pass through cellular membrane, is an important
secondarymessenger inmaintaining the cellular homeostasis
under different conditions [1]. It may result in activation or
shutdown of diverse cellular processes such as cell cycling,

chromatin remodeling, DNA repair, cell differentiation, and
self-renewal [2].The balance of intracellular ROS is therefore
extremely important in maintaining normal physiology of
human beings. While mitochondrial respiratory chain is
the major component that cells used to produce intracel-
lular ROS, cells develop a series of antioxidant enzymes
to reduce redundant ROS. These enzymes, including cata-
lase, superoxide dismutase (SOD), glutathione peroxidase
(GPx), and glutathione reductase (GR), can either grossly
or specifically catalyze different types of ROS. The presence
of other endogenous antioxidants such as peroxiredoxins
and thioredoxins ensures critical monitoring of cellular ROS
level and conserves the normal redox homeostasis. In some
pathological conditions, the redox balance is disturbed when
the intracellular redox system is shifted to oxidized state,
which is defined as oxidative stress. During oxidative stress,
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cells produce oxidized lipids, proteins, and damaged DNA
which would consequently lead to cell death and tissue
damage. In this regard, sustained oxidative stress has been
linked with a series of human progressive diseases such as
hepatitis, diabetes, and cancers.

Macrophages are long-lived innate immune cells that
ubiquitously populate in almost all tissues. The general
source of macrophages is bone marrow derived monocytes,
which migrate to various tissues and adhere to become
mature macrophages. However, studies also revealed that
macrophages can be presented bypassing monocytic stages.
Inmany human diseases, macrophages detect tissue injury or
infections and process the damage or remodeling of wounded
tissues [3]. Macrophages also sense the unfavourable condi-
tions within human body including hypoxic and metabolic
stresses where response of host defense and immune regu-
lation are triggered [4, 5]. All these propose macrophages
as an important regulator in multiple biological processes,
including innate and adaptive immunity, angiogenesis, repro-
duction, and even malignancy [6]. The multiple function of
macrophage is facilitated by its high plasticity in response
to environmental- or self-derived stimulating signals [7].
This macrophage heterogeneity is reflected by functional
polarization of differentiated macrophages and the dynamic
switch between phenotypes. Under physiological condition,
the M1/M2 population remains in mixture state while dis-
oriented shift from M1 to M2 or vice versa results in disease
progression.Multiple signalling pathways and several cellular
stimuli, such as cAMP [8], phospholipid [9], and irons [10],
have been found involved in the functional polarization of
macrophages. To our knowledge, there are not many studies
that highlighted the essential role of ROS in regulating
the functional polarization of macrophages. Thus, in this
review, we discussed the involvement of ROS in macrophage
reprogramming. The biology of macrophage polarization,
disturbance of M1/M2 balance in human diseases, and the
role of ROS in macrophage homeostatic functions were
addressed. How ROS drives macrophages polarization and
the potential therapeutic opportunities targeting ROS were
specifically reviewed and discussed.

2. Biology of Macrophage Polarization

One of the important hallmarks of macrophage is its high
heterogeneity, allowing them to be activated to different
functional statuses with particular properties upon exposure
to endogenous and exogenous inducers in the microenvi-
ronment. Mirroring TH1/TH2 programming, macrophage
could be reprogrammed to classically activated (M1) and
alternatively activated (M2) subsets in response to the sur-
rounding stimuli. Classically activated M1 macrophages are
characterized by its high microbicidal function associated
with the ability to secrete high amount of proinflamma-
tory cytokines such as interleukin-1𝛽 (IL-1𝛽), IL-12, tumor
necrosis factor-𝛼 (TNF-𝛼), and superoxide anions. As to
alternatively activatedM2macrophages, their functionality is
distinct from the classical one which produced high levels of
anti-inflammatorymediators IL-10 and tumor growth factor-
𝛽 (TGF-𝛽) and express cell surface markers such as mannose

receptor (MR/CD206) and scavenger receptor (SR/CD163),
which mainly participate in tissue remodeling, parasitic
clearance, and resolution of inflammation. In healthy subject,
macrophage remains in M1/M2 mixture state; therefore
macrophage polarization is important to determine tissue
fate.The switch of macrophages phenotypes towards extreme
state of either M1 or M2 over time may result in several
disease progressions such as obesity, cancer, and rheumatoid
arthritis. Therefore, understanding the functionality of M1
and M2 macrophages and its role in disease progression may
be crucial.

2.1. M1: The Classically Activated Macrophage. The major
homeostatic function of naive macrophages is clearance of
apoptotic debris, produced during the cellular process. In
response to various endogenous danger signals, macrophage
physiology is altered followed by production of proinflam-
matory mediators and modification of surface markers.
Classical M1 macrophages could be activated by either
interferon-𝛾 (IFN𝛾) secreted by NK cells and adaptive T
helper 1 (TH1) cells or pathogen-associated molecular pat-
terns (PAMPs) released by microorganisms through Toll-
like receptor (TLRs) via MyD88 dependent manner [11].
Meanwhile, stimulation of TLR3 and TLR4 may also activate
MyD88 independent pathway that induces IFN𝛽 secretion.
This pathway ismediated byToll/IL-1 receptor (TIR) domain-
containing adaptor and knockdown of TIR led to blockade of
TLR4 mediated inflammation [12].

The activation of classical M1 macrophages induces large
amount of inflammatory genes and chemokines secretion
which facilitates the antigen presentation and recruitment
of TH1 response for subsequent pathogen killing activity.
Recent studies established the metabolic characteristics for
M1 and M2 macrophages, suggesting that the macrophage
metabolism under pathological condition also governs the
functional phenotypic changes of macrophages [13]. Activa-
tion of M1 macrophages is associated with upregulation of
iron storage protein H ferritin and reduction of ferroportin,
leading to iron retention and inflammation [14]. The gly-
colytic flux is favourable in classical M1 macrophages phe-
notype that involves the expression changes of 6-phospho-
2-kinase isoforms from liver-type to more active ubiquitous
isoenzyme, thereby maintaining the level of fructose-2,6-
bisphosphate [15]. Besides, M1macrophage is associated with
higher aerobic glycolysis and extracellular acidification rate
[16]; increase ofHIF-1𝛼 further associates with IL1𝛽 promoter
andmaintains IL1𝛽 production inM1macrophages.Through
regulating glycolytic flux, blockade of carbohydrate kinase-
like protein CARKL triggers M1 polarization [17] while
pyruvate dehydrogenase kinase 1 PDK1 promotes aerobic
glycolysis in M1 macrophages [18]. Apart from glucose
metabolism, activation of M1 macrophages is accompanied
by increase of COX-2 and reduction of COX-1, thromboxane
A synthase 1, arachidonate 5-lipoxygenase, and leukotriene
A4 hydrolase [19].

2.2. M2: The Alternative Activated Macrophage. In contrast
to classical activated macrophages, innate immune cells such
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as basophils and mast cells and other adaptive cells produce
IL-4 and IL-13 priming M2 alternative phenotype. IL-4
induced M2 macrophages expressed high concentration of
IL-10, decoy receptor IL-1R, IL-1R antagonist, chemokines
CCL22 and CCL17, and intracellular enzyme arginase-1.
All of these ensue the recruitment and activation of TH2
immune response and immune-suppressive function of M2
macrophages. In addition to TH2 immune response, IL-4
induced macrophages stimulate arginase activity by con-
verting arginine to polyamines and collagen precursors that
are crucial for tissue modeling and wound healing. M2
macrophages also produce VEGFA, EGF, and IL-8 that
are responsible for angiogenesis and lymphangiogenesis [7].
Apart from IL-4 induced phenotype, different schemes ofM2
macrophages classification have been proposed due to the
overlapping properties of alternative activated macrophages.
The activation of M2 macrophages stimulated by addition
of either IL-4 and IL-13, TGF𝛽, immune complexes, glu-
cocorticoids, or IL-10 may yield distinct activation profiles
[20].

Cellular metabolism especially lipid metabolism also
incurs important role in providing energy fuel for activa-
tion of alternative M2 macrophages. In iron metabolism,
M2 macrophages increased ferroportin expressions, which
further induced iron export [14]. As opposed to M1 classical
activation, M2-regulated gene transcription occurs in con-
dition favouring of mitochondrial metabolism and oxidative
glucose metabolism, in which the M2 phenotype tends to be
switched towards proinflammatory state under low oxygen
condition [16]. In lipid metabolism, M2 macrophage activa-
tion is associatedwith fatty acid oxidation and its uptake.M2-
secreted lysosomal acid lipase as well as its scavenger receptor
CD36 facilitates uptake of triglycerols, LDL, and VLDL for 𝛽-
oxidation and fatty acid generation [21]. Apart from LDL and
VLDL, high density lipoproteins promote anti-inflammatory
function through ATF3 dependent pathway [22]. Study by
Prieur et al. [23] also postulated that short and saturated
fatty acids favour M1 polarization, while longer and unsat-
urated fatty acids induce M2 anti-inflammatory phenotype.
Therefore, M2 activation is accompanied by upregulation of
arachidonic acid [19], omega-3 polyunsaturated fatty acids
[24], sphingosine 1-phosphate [25], eicosapentaenoic acid,
and docosahexaenoic acid [26]. All the correlation of alterna-
tive M2 activation with lipid metabolism also provides clue
for the important role of M2 activation in atherosclerosis,
obesity, and insulin sensitivity (as discussed later).

2.3. Disruption of M1/M2 Balance in Human Diseases. Clas-
sical M1 macrophages elicit major role in inducing inflam-
mation and clearing of pathogens, whereas alternative M2
macrophages resolve inflammation and are crucial for the
functions of tissue modeling and wound healing.They repre-
sent the opposing ends of the activation spectrum, and either
accumulation of M1/M2 signals may lead to deterioration
of the host. Extensive production of IL1, IL6, and IL23 by
M1macrophages incurs activation of TH17 immune response
and leads to autoimmune disorder progression [27]. Earlier
studiesmay postulate thatmacrophages populations promote

disease progression but many recent studies have proposed
that the proportions of different macrophage phenotypes
contribute to disease progression. There is no absolute
answer on which phenotype is “good” or “bad” as the
switch of resident or recruited macrophages towards M2
phenotype may trigger tumor progression while accumu-
lation of M1 macrophages leads to insulin resistance and
atherosclerosis. Therefore, continuous activation of either
states brings harm to the host and the understanding of how
disruption of M1/M2 in regulating diseases may be essen-
tial. The involvement of M1/M2 in obesity, atherosclerosis,
and cancer is briefly discussed below; the comprehensive
reviews on human diseases have been published elsewhere
[28–30].

2.3.1. Obesity and Insulin Resistance. Adipose tissue macro-
phages (ATM) are predominantly alternative M2 phenotype
in lean subjects, and the ATM are reprogrammed to classi-
cally activatedM1 phenotype with proinflammatory function
upon exposure to free saturated fatty acids produced by adi-
pose tissue, resulting in reduced insulin sensitivity in white
adipose tissue. IL-10 secreted byM2macrophages may be the
responsible cytokine that protects adipocytes from obesity
leading insulin resistance [31]. The free fatty acids will also
trigger production of CCL2 by adipocytes and ATM in order
to promote the recruitment of proinflammatory monocytes
to the inflamed tissue [32]. Knockout of CCR2 in murine
model effectively ameliorated the adipocyte inflammation,
macrophage infiltration, and insulin resistance in obese mice
[33].

2.3.2. Atherosclerosis. Atherosclerosis develops with the
accumulation and trapping of low density lipoproteins (LDL)
in the intima of the arteries, and the modified LDL-induced
secretion of adhesion molecules by endothelial cells recruits
monocytes with proinflammatory phenotype to atheroscle-
rotic lesion, which eventually differentiate into lipid-laden
foam cells [34]. Cholesterol crystal, IFN𝛾, LPS, and oxidized
LDL are known to stimulate M1 activation and M1-activated
cytokines further support the monocyte recruitment and
macrophage retention at the plaque area [35]. Due to the
involvement in plaque destabilization, the proatherogenicM1
populations are predominantly accumulated at the plaques
where they are prone to rupture. As forM2macrophages, they
mostly reside at stable-cell enriched plaque and adventitia.
M2 macrophages tend to prevent foam cell formation and
protect against atherosclerosis.

2.3.3. Cancer. Thegrowth and expansion ofmalignant cells is
complex, which involves gene manipulation as well as estab-
lishment of microenvironment that favours tumor progres-
sion. Many recent studies have highlighted the role of tumor-
associated macrophages in promoting cancer growth, angio-
genesis, invasion, migration, and T cell suppression [36].
In most cancers, macrophages residing in tumor microen-
vironment exhibit M2 phenotype with immunosuppressive
property. In contact with tumor cells, M2 macrophages tend
to derive certain substances such as various growth factors,
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chemokines, and proteases that maintain tumor growth and
expansion [37]. Apart from mediating tumor growth and
progression, M2 macrophages interact with other immune
cells and suppress innate and adaptive antitumor immune
response. Depending on the tumor environment, phenotype
of tumor-associated macrophages would be reprogrammed
to M1-like phenotype, which is characterized by the antigen
presenting property and tumoricidal function that favours
tumor regression [38]. M1 macrophages activation increases
expressions of mediators that are responsible for antigen
presentation and costimulation; this may further promote
infiltration of neutrophils to the tumor area leading to
neutrophil-targeted tumor regression [39].

3. Reactive Oxygen Species on Homeostasis
Function of Macrophages

3.1. ROS in Regulating Phagocytosis of Macrophages. Numer-
ous studies have unveiled the diverse regulations of ROS
on the phagocytosis function of macrophage. The regulation
may be controversial, but the discrete role of ROS on
macrophages may be impacted by the different sources of
ROS as well as plasticity of macrophage itself, which would
be discussed in detail below. Asmacrophages are endogenous
scavengers for dying cells in various pathological conditions,
interaction between macrophages with compartments deter-
mines the phagocytic function of macrophages. Dying cells
produce high levels of ROS, which are released into extracel-
lular area when cellular membrane is degraded during cell
death. Attachment of dying cells to macrophages requires
intercellular communication in which ROS may play a role.
On the other hand, extracellular and intracellular ROS may
differentially control the phagocytosis process ofmacrophage
by regulating the ability and capacity of macrophages in
the uptake and degradation of dying compartments. In
this regard, ROS plays a critical regulatory role in deter-
mining the initiation and outcome of cellular phagocyto-
sis.

3.1.1. The Role of ROS from Dying Cells during Phagocytosis.
Engulfment of cells undergoing apoptotic programmed cell
death (PCD) by macrophage is initiated by the presentation
of membrane signals to phagocytes that allows recognition
of dying compartments. Inmacrophage-driven phagocytosis,
these molecules include scavenger receptors, for example,
CD36, immunoglobulin super-familymolecules, CD31, com-
plement receptors, such as C91, sugar and phospholipid-
engaging molecules, for example, lectins and PSR, and some
integrins such as 𝛼v𝛽3. The corresponding components on
cellular membrane of apoptotic cells were less identified, but
structures encompass lipid, carbohydrate, and protein which
are exposed as molecules presenting find-me signals towards
extracellular area during cell apoptosis [40]. These lipids and
proteins presented on membranes of apoptotic cells are gen-
erally regarded as substrates of oxidation reaction containing
dying cell-produced ROS. Indeed, experimental evidence
has shown that oxidation of lipids and proteins by ROS
confers recognition and attachment of macrophage towards

apoptotic cells. By using monoclonal antibody that blocks
the epitopes of oxLDL of apoptotic cells, scientists observed
failure of engulfment of dying cells by murine peritoneal
macrophages [41]. It was further observed that surface pre-
sentation of oxidative modified phosphatidylserines (PS) on
apoptotic cells is essential for macrophage engulfment [42].
The phagocytosis was blocked upon presence of lipoprotein-
associated phospholipase A2 (Lp-PLA2), a secreted enzyme
with high specificity towards PS metabolites. Oxidation of
PS is often observed during cell apoptosis [43]. This gives
rise to the mechanism underlying attenuated phagocytosis
of etoposide-treated cells by macrophage as etoposide is
able to suppress oxidation and externalization of PS of the
apoptotic cells [44]. In addition, some phosphatidylcholine
(PC) species, which are oxidized during early- to late-
apoptotic process, present to the surface of apoptotic cells
are recognized by C-reactive proteins, facilitating clearance
of apoptotic cells by macrophage engulfment [41]. Study
revealed that oxidation of PC (oxPC) was majorly processed
by ROS, in virus-infected cells, and scavenge of ROS by NAC
abrogated oxPC production [45]. Although macrophage
receptors correspond to particular type of oxidized lipids and
proteins have not been fully unveiled, all these studies have
paved the importance of ROS-driven oxidation reaction in
dying cells during initiation of phagocytosis.

3.1.2.The Role of Macrophage ROS in Regulating Phagocytosis.
Besides dying cells, macrophage itself also produces intracel-
lular ROS that is involved in the phagocytic process. It is a
notion that ROS in macrophage is essential for uptake and
clearance of apoptotic cells; however, maintaining high level
of ROS may be harmful to macrophage as, in some studies,
inducible ROS is sufficient to cause macrophage apoptosis
[46]. Hypothesis of adaptive mechanism underlying survival
of macrophage in high ROS condition was ever discussed,
which included increase expressions of DNA repair proteins
[47] and endogenous antioxidative enzymes [48] during
monocyte-macrophage differentiation and classical activa-
tion of macrophage. Production of ROS by macrophage
majorly relies onNox2 gene, and study showed that activation
of Nox2 gene in murine macrophage cell line RAW264.7
as well as primary peritoneal macrophages by carotenoid
lutein induced ROS production that was responsible for
the increased phagocytic activity [49]. Additionally, pro-
duction of mitochondrial ROS (mROS) is able to increase
phagocytosis ofmacrophages. InmROS-driven phagocytosis,
intracellular fatty acids are utilized as fuel for oxidative phos-
phorylation by mitochondria-localizing enzyme encoded
by Immunoresponsive gene 1 (IRG1). 𝛽-oxidation of fatty
acids is associated with mROS production and augments
the bactericidal activity of macrophages [50]. These obser-
vations give rise to the critical role of intracellular ROS
in clearance of apoptotic cells by phagocyte. Besides, NO
produced by phagocytosing macrophages is important for
PS externalization of dying cells [51]. And this was further
proved by the notion that phagocytosis entry requires class
I PI3K product phosphatidylinositol 3,4,5-trisphosphate-
induced ROS production in murine macrophages [52]. In
fact, phagocytosis of macrophages requires Nox2-dependent
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production of extracellular ROS [53], and clinical evi-
dence of essential role of ROS was noted in chronic
granulomatous disease patients, who lack Nox2, owning
macrophages that failed to efficiently engulf apoptotic cells
[54].

Additionally, oxidative burst is also required in the clear-
ance of apoptotic cells by alternatively activatedmacrophages
during wound healing process [53]. However, the increase
of ROS in macrophage during early stage of apoptotic cell
clearance is followed by attenuation of oxidative burst by
PPAR𝛾 activation. In PPAR𝛾-mutantmacrophages, ROS level
was restored due to constituting activation of PKC pathway
during apoptotic cell clearance [55]. Further study revealed
that resolvin D1 (RvD1), one of endogenous proresolving
lipid mediators derived from docosahexaenoic acid, is able to
inactivate Nox2 and inhibits production of ROS after engulf-
ment of apoptotic cells by macrophages, which prevents
macrophage from apoptotic cell death [56]. This indicates
that ROS increase in macrophage is transient during phago-
cytic process of apoptotic cells. Indeed, intracellular level of
ROS within macrophages can be triggered by cells undergo-
ing apoptosis or necrosis. This oxidative burst system helps
macrophages to recognize necrotic cells whose clearance
requests an inflammatory reaction. In necrosis-related cell
death, dying cells release high concentration of high-mobility
group box1 (HMGB1), which triggers inflammatory response
in macrophages [57]. Other molecules like calgranulins and
adenosine triphosphate derived from necrotic cells trigger
Nox2 activation in macrophage and produce more ROS [58,
59]. On the contrary, engulfment of apoptotic cells inhibits
persistent ROS production thereby preventing activation of
a secondary inflammation that is harmful to any bystander
cells.This indicates a host response of engulfed compartment
in the extent of oxidative burst. On the other hand, pathogens
are able to developmechanism in responding tomacrophage-
derived ROS, whichwas observed from the induced arginine-
biosynthetic genes in C. albicans [60]. In summary, the
phagocytosis process of macrophage can be regulated by
ROS, which involves responses of host and engulfed cells
towards oxidative burst.

3.2. ROS in the Control of Death of Macrophage. Increase
of ROS during the differentiation and phagocytosis of
macrophagesmay be harmful to the cells. Although increased
levels of DNA repair proteins and ROS reductase in
macrophage make it become highly ROS-resistant in fighting
against overwhelmed intracellular ROS level [47, 48], it is
still not completely prevented from ROS-associated death.
Death of macrophage may not be favourable during diseases
treatment, as dying macrophages may induce secondary
response of necrotic cell death, which includes release of
proinflammatory cytokines and proteolytic factors that fur-
ther activate inflammation [61]. High level of circulating
heme has been demonstrated to induce necrotic cell death of
macrophage, which is associated with increased intracellular
ROS level. And such macrophage death further affects the
intracellular infection control of, for example, malaria and
sepsis [62]. Study has revealed that a tissue damaging agent
methemoglobin has toxicity towards murine macrophages

by increasing the ROS production. In this case, peripheral
presentation of methemoglobin may lead to multiple tissues
damage as well as immunosuppression [63]. These observa-
tions reveal that an overwhelmed ROS level in macrophage
may lead to diseases-associated cell death. In fact, induc-
tion of cell death by ROS can be primarily due to Nox2
activity on phagosomes [64], as well as secondary responses
towards several extracellular and intracellular factors. It was
found that extracellular oxidatively modified high density
lipoprotein induces ROS level in human-derivedmacrophage
lineage cells, which is associated withmacrophage death [65].
This was similarly observed in human-derived macrophages
treated with oxidatively modified low density lipoproteins
(oxLDL) [66], the mechanism of which may involve acti-
vation of Nox by lysophosphatidylcholine, a side product
of LDL oxidation [67]. Interestingly, the cell death-inducing
effect is not observed in either naive HDL or LDL. The
phenomenon is commonly observed in atherogenesis, in
which the persistent macrophage foam cell death and effe-
rocytosis drive the formation of advanced lesions. Other
factors that could result in ROS-associated cell death in
macrophage include cytokines [68] and free cholesterol [69].
Additionally, some studies revealed that ROS-associated ER
stress may lead to macrophage death upon being challenged
by Mycobacterium tuberculosis and Mycobacterium kansasii
[70, 71], whichmay be related to the presence of their heparin-
binding haemagglutinin antigen [72], indicating that the ER
stress may be the downstream event of elevated ROS in
dying macrophage. Increased ER stress subsequently altered
calcium homeostasis and activated Nox-mediated ROS for-
mation, which eventually led to death of macrophages
[61].

3.3. ROS on Monocyte Recruitment. The circulating mono-
cytes, which derive from hematopoietic stem cells in the
bone marrow and migrate to peripheral blood, have the
capacity of differentiating into tissue macrophages. This is
generally considered as themajor population ofmacrophages
involved in pathophysiological development of human dis-
eases. However, tissue macrophages have distinct mecha-
nisms of hematopoiesis, and embryonic macrophages even
bypassed monocytic stages [73]. The diversity in strain of
macrophages was reflected by their name in particular organs
and tissues, for example, Kupffer cells in the liver and
microglia in the brain. It is a notion that, during disease
progression that involves inflammatory response, inflam-
matory monocytes are developed and exhibited migratory
capacity towards primary sites of the diseases. Deficiency
of CX

3
CR
1
in mice suppressed the activation of monocyte-

derived macrophages in periphery and reduced macrophage
infiltration and microglia proliferation, which subsequently
attenuated brain ROS level and neuron apoptosis [74]. This
gives rise to the notion that oxidative stress may have
correlation with monocyte recruitment in human diseases.
Indeed, it was found that H

2
O
2
may serve as chemoat-

tractant to monocytes, as evidenced by the observation in
zebrafish larvae whose wound produced H

2
O
2
to facili-

tate rapid macrophage recruitment [75]. Overexpression of
UCP2, which relieved oxidative stress and intracellular ROS
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level of THP1 human monocytes, further reduced monocyte
migration and adhesion through cellular monolayer [76].
Oxidative burst is therefore regarded as a favouring environ-
ment for monocyte activation. Previous study showed that
ROS triggered CCL2-induced hyperalgesia in rats, which is
attenuated in the presence of SOD confirming the role of
ROS as facilitator in monocyte recruitment [77]. The authors
also found that ROS level is not elicited in response to
CCL2 in monocytes/macrophages with fewer expressions of
CCL2 receptor, which indicated that intracellular ROS level
may have an independent role in triggering recruitment of
monocytes.

Moreover, metabolic stress may trigger expression of
Nox4 in monocytes, increased intracellular H

2
O
2
produc-

tion, and thereby accelerated THP-1 monocyte migration
[78]. The study also further explained why high fat diet-
induced metabolic stress in mice had higher rate in mono-
cyte chemotactic activity. The localization of Nox4 around
focal adhesion and actin cytoskeleton of human-derived
macrophages, together with the association with adhesion
related proteins, supports the role of ROS in mediating
macrophage motility [79]. The study also further postulated
that ER stress stimulated THP-1 monocytes have augmented
adhesion ability, and deletion of Nox4 blocked this activity.
This further claimed that ER stress induced ROS produc-
tion may be an endogenous factor in facilitating monocyte
chemotaxis. Using Nox inhibitor apocynin or antioxidant
catalase, recruitment ofmonocytes into atherosclerotic lesion
was reduced, which suggested the central role of Nox-
derived ROS in monocyte recruitment in atherosclerosis
[80]. Very interestingly, ROS is associated with macrophage
death (as discussed previously) driven by oxLDL and HDL in
atherosclerosis; and also monocyte accumulation in diseased
mice model proposes ROS as an important regulator for
atherosclerosis progression.

Although the reported studies have highlighted ROS as a
critical mediator of monocyte recruitment, the contribution
of ROS as a chemoattractant of monocytes compared to
others, as well as the factors that raise intracellular ROS
in monocytes during pathophysiological process, remains
unanswered. Previous study proposed that ROS-sensitized
monocytes may have higher chemotactic response towards
chemoattractants CCL5, CCL2, and PDGF-𝛽 [78], yet the
study may not directly delineate the role of ROS in monocyte
recruitment. There are few explanations for the difficulties
of this investigation in deriving the cause-effect relationship:
first, the reported models are insufficient to show the correla-
tion of ROS and monocyte recruitment. Blocking ROS may
drive the inhibition of other chemoattractants that further
reduced monocyte motility; second, it is not clear whether
increased monocyte recruitment is the consequences of
enhanced monocyte proliferation and accumulation; thus
the role of ROS in monocyte recruitment, accumulation,
and proliferation needs to be established; third, monocyte
is hypersensitive to ROS. Monocytes undergo extensive cell
death in response to ROS in dose- and time-dependent
manner [47]; proposed high levels of ROS are fatal to mono-
cytes themselves. Therefore, the role of ROS in monocyte
recruitment needs to be further deciphered.

3.4. The Role of ROS on Monocytes-to-Macrophages Differen-
tiation. Studies have revealed that ROS drives monocytes-
to-macrophages differentiation in in vitro culture of var-
ious types of monocytic cells, regardless of mouse or
human origin. It was observed in human promyelocytic
leukemia cell lines that production of ROS was induced
in line with increased expression of macrophage marker
CD14 during 1 alpha, 25-dihydroxyvitamin D (3) (VD3)
induced differentiation. Regulation of monocyte differenti-
ation is mediated through induction of ROS that further
increases 5-lipoxygenase along with p38 MAPK activation
[81]. In human promonocytic cell line U937, production
of ROS was accelerated during macrophage differentiation
induced by phorbol ester (PMA). This event was driven by
NADPH oxidase, and it was observed that the persistent
induction of Cox-2 along with monocyte differentiation
was blocked by Nox inhibitors, suggesting the critical role
of Nox in functional activation of proinflammatory gene
Cox-2 [82]. Generation of ROS which serves as defense
against invading microbes is regarded as the hallmark of
monocyte/macrophage activation, though it is still not clear
if ROS production directly results in macrophage maturation
[47]. It was observed in the latter study that elimination
of ROS by butylated hydroxyanisole (BHA) and other ROS
inhibitors completely blocked monocyte/macrophage differ-
entiation [83]. NADPH oxidase, in particular, is the molecule
that primed to produce more ROS during macrophage
differentiation. It is a typical ROS generator, and its expres-
sion as well as translocation to plasma membrane was
induced by 1,25-dihydroxyvitamin D3 in human myeloid
leukemia PLB-985 cell in line with increased surface markers
CD11b and CD36 during macrophage differentiation [84].
The study also included in vivo intraperitoneal thioglycol-
late injection-induced mouse peritoneal macrophages model
and findings showed that increased macrophage maturation
is associated with enhanced cellular capacity in oxidizing
LDL.

In lipopolysaccharide- (LPS-) induced macrophage dif-
ferentiation model, it was observed that ROS production
is essential in THP-1 differentiated macrophages for acti-
vation of HIF-1𝛼 and acquired adaptive ability in hypoxic
microenvironment of inflammatory site [85]. It is therefore
reasonable that high ROS level is associated with diseased
environment, mainly because ROS facilitates the differen-
tiated macrophages survival under hypoxic condition. A
similar observation is made on 12-O-tetradecanoylphorbol-
13-acetate- (TPA-) induced THP-1 cells in which activa-
tion of NADPH oxidase-derived ROS is associated with
monocytic differentiation [86]. Interestingly, TPA was found
to decrease expression of endogenous antioxidant enzyme
catalase during human U937 macrophage differentiation. By
applying catalase in TPA-treated monocytes, the differenti-
ation process as well as ROS production was blocked [87],
further confirming the role of ROS in mediating macrophage
differentiation. By silencing the important endogenous redox
homeostasis regulator NF-E2-related factor 2 (NRF2) in
PMA-induced U937 cells, the ROS level is maintained
at high level during macrophage differentiation and this
was followed by higher expressions of proinflammatory
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cytokines [88]. Additionally, inactivation of oxidative stress-
quenching molecule PPAR𝛾 during saturated fatty acid-
induced macrophage differentiation supports maintenance
of high intracellular ROS level [89], and this process was
found to involve an induced de novo synthesis of endogenous
PPAR𝛾 inhibitor ceramide [90]. Palmitate, the unsaturated
fatty acid intervention, triggered ceramide production in
macrophages and further derived the mitochondrial super-
oxide production that facilitates macrophage differentiation
[91]. Interestingly, it was also reported that, in unprimed
macrophages, differentiation towards alternative activated
phenotype is ROS-dependent but not in classical activation of
macrophages [83]. Consistent with the study, several studies
also suggested that ROS-inducedmaturation of macrophages
is associated with upregulation of proinflammatory gene
expression [82, 88], the hallmark of classically activated
macrophages. Though it is reasonable as macrophage is
mainly present in inflammation site, this further renders the
questions of correlation between ROS, inflammation, and
macrophage maturation. Further discussion would be made
in the latter section. Taken together, all these evidences have
implied a reprogrammed redoxhomeostasis in differentiating
macrophage from monocytes in terms of maintaining ROS
level facilitating cell maturation.

4. Role of ROS in Macrophage Polarization

4.1. ROS Promotes M1. As mentioned above, M1 macro-
phages possess a high bactericidal function and defence
against invading pathogens is the primary function of M1.
To clear the site of injury, M1 macrophages tend to trigger
the bactericidal response which involves the production of
ROS and NO in contact with pathogen. The phagocytic
function of M1 mainly depends on Nox2 gene, as dis-
cussed previously (Section 3.1.2). Production of ROS and
NO by NADPH oxidase and nitric oxide synthase, in which
both enzymes are generated from NADPH through pentose
phosphate pathway [92], and Nox2 negatively regulates the
phagosomal proteolysis [93]. It is also reported that M1
macrophages have reduced rate of acidification and proton-
pumping activity compared to M2, which facilitates M1
macrophages to efficiently eliminate pathogens [94]. The
effective microbicidal function of M1 macrophages requires
continuous production of ROS followed by delayed matura-
tion of phagosomes. In vitro stimulation of M1 macrophages
with lipopolysaccharides (LPS) promotes recognition by
TLRs, the primary LPS receptor, and, occasionally, LPS binds
to phagocytic MAC1 receptor independent of TLRs [95]. The
association of LPS with receptors drives the production of
ROS and genes alterations. LPS-induced ROS generation is
Nox-dependent and it further supports the ROS-induced
TNF𝛼 production, which is evidenced from the reduced
TNF𝛼 in PHOX−/−mice [96]. Although performed in human
embryonic kidney cells HEK293T, previous study also pro-
posed that LPS-induced ROS production is regulated by
the direct association between cytoplasmic tail of TLR4 and
COOH-terminal of Nox4. RNA interference against Nox4 on
TLR4 expressing cells blocked LPS-induced ROS production
[97]. Besides, ROS may serve as secondary messenger in

the LPS-induced signal transduction, facilitating the regu-
lation of downstream pathways such as mitogen-activated
protein kinase (MAPK) and NF-𝜅B [98]. Activation of these
pathways by H

2
O
2
promotes expression of proinflammatory

genes.
Upon being challenged with TLRs ligands, activation of

TLRs binding on macrophages triggers the translocation of
TRAF6 from TLR signalling complex to evolutionarily con-
served signalling intermediate in Toll pathways (ECSIT) on
outer mitochondrial membrane that primes the generation
of mitochondrial ROS and phagocytosis activity [99]. The
stimulation of mitochondrial ROS production via electron
transport chain in the inner mitochondrial membrane facil-
itates macrophage reprogramming towards M1 phenotype.
It is evidenced by the murine model with overexpressing
catalase in mitochondria, which showed increased bacte-
rial loads after infection compared to wild type. Another
study by Infantino et al. also links ROS production to
homeostatic function of mitochondria in macrophages, in
which it suggested that the mitochondrial citrate carrier
that functions in transporting citrate into cytoplasm exerts
important function in mediating ROS generation upon LPS
induction. By either transient deactivation of citrate carrier or
using citrate carrier inhibitor, BTA attenuated the production
of nitric oxide, ROS, and prostaglandin. And the notion
may be contributed by the acetyl-CoA and oxaloacetate,
the cleavage product of citrate required for the production
of ROS [100]. The production of mitochondrial ROS was
also further explained to be mediated by immunoresponsive
gene 1 (IRG1), which improved oxidative phosphorylation
and thereby increased ROS production in phagosomes.
Using zebrafish infection model, the study demonstrated
that depletion of IRG-1 in macrophage lineage cells failed
to employ fatty acid as their fuels and leads to impaired
ROS production and bactericidal activity [50]. Using genetic
deletion of p47PHOX and gp91PHOX, as well as apocynin,
the NADPH inhibitor promoted the phenotypic changes of
microglial towards M2-like phenotype and increased the
M2-like genes response, which further evidenced the role
of NADPH oxidase in maintaining the phenotype of M1
[101].

M1 macrophages activation is always correlated with
upregulation of TNF𝛼 mediated inflammatory response.
Activation of TNF𝛼 is deemed to depend on interaction
of TNF with TNF receptors that triggers the downstream
signalling, mitogen-activated protein kinases (MAPK) and
I𝜅B-kinases (IKK), that activates NF-𝜅B signalling [98]. It is
reported that H

2
O
2
tends to accumulate in NF-𝜅B deficient

cells when exposed to TNF; the H
2
O
2
further oxidized

the catalytic cysteine of MAPK phosphatases and triggered
activation of MAPK cascades including JNK and p38 MAPK
[102]. Excessive H

2
O
2
also promotes I𝜅B-kinase activation

and drives tyrosine phosphorylation of I𝜅B𝛼, leading to
stimulation of NF-𝜅B signalling [103]. Recent studies pos-
tulated that the macrophage reprogramming towards M1
phenotype along with proinflammatory gene expressions by
small molecules is mediated by activation of MAPK and
NF-𝜅B signalling cascades [104, 105], though involvement of
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ROS was not mentioned. Given that ROS is closely related
to the activation of MAPK and NF-𝜅B, ROS may partially
regulate macrophage polarization towards M1. SIRT2, a
NAD-dependent histone deacetylase, was also found to be
involved in LPS-induced ROS generation in macrophages;
deletion of SIRT2 inhibited NF-𝜅B p65 nuclear translo-
cation and M1 related gene expressions [106]. Moreover,
Nox-derived hydrogen peroxide H

2
O
2
was believed to be

the major ROS in response to microglial activation [107],
as evidenced from the observation that catalase blocked
the MAPK and NF-𝜅B mediated LPS-induced proinflam-
matory genes expressions, but not superoxide dismutase
[108].

Rowlands et al. have postulated that TNF𝛼 in circula-
tion increased mitochondrial Ca2+ and thereby triggers the
endocytosis of TNF𝛼 receptor 1 mediated by TNF𝛼 convert-
ing enzyme TACE. The inflammatory response is further
regulated through stimulation of mitochondrial complexes
to generate ROS and binding of unattached TNF𝛼R1 to
soluble TNF𝛼. It is a negative feedback loop in responding
to TNF𝛼 induced inflammation, in which overexpression of
catalase blocked mitochondrial H

2
O
2
dependent TNF𝛼R1

shedding and thus enhanced the inflammatory response
[109]. This study is performed on lung endothelium, while
another recent study also demonstrated the similar regula-
tion on a mucin glycoprotein MUC1 expressed on alveolar
macrophages. MUC1-expressing M1 macrophages activation
increased MUC1 ectodomain shedding in TACE dependent
manner; the upregulation ofMUC1 is associatedwith blunted
ROS production and phagocytic activity in M1 macrophages
[110]. The findings also further revealed that MUC1-deficient
M0 macrophage has augmented ROS and TNF𝛼 secre-
tion, suggesting the tight regulation of ROS homeostasis in
macrophages for maintaining the proper phagocytic activity
and inflammatory response. The uncoupling protein 2 in
inner mitochondrial membrane also interferes with ROS
production; downregulation of UCP2 by LPS inmurine bone
marrow derived macrophages promotes proinflammatory
cytokine secretions [111].

Besides, the activation of inflammasome followed by
ROS production has been implicated in regulating proin-
flammatory cytokines, IL-1𝛽 and IL18 production; it requires
TLR ligands such as LPS for gene synthesis and second
stimulus produced by DAMP for cleavage of caspase-1,
which further stimulates the protein secretions [112]. The
activation by second stimulus such as ATP will trigger
ROS generation, followed by caspase-1 and inflammasome
activation and cytokine production. Early study postulated
that NADPH-derived ROS is responsible for the upstream of
inflammasome activation. It is evidenced from the blockade
of caspase-1 and cytokine secretion after addition of DPI,
flavoprotein inhibitor of NADPH oxidase, which suggests
that the interaction of ROS with inflammasome exerts
important function for proinflammatory cytokines produc-
tion [113]. However, there is contradicting study suggesting
that superoxide dismutase 1, the antioxidant, also regulates
caspase-1 activation [114]. Apart from that, mitochondrial
derived ROS may also activate inflammasomes, in which
the notion is further substantiated by addition of rotenone

and antimycin A; the respiratory chain inhibitors increased
ROS production followed by IL-1𝛽 secretion [115]. Dele-
tion of dynamin-related protein 1 and the mitochondrial
fission protein indirectly influences the localization ofNLRP3
inflammasome, leading to caspase-1 activation and IL-1𝛽 pro-
duction [116].Though ROSmay be crucial for inflammasome
activation and priming, there is also explanation proposing
that redox signalling in macrophage may be derived from
other cell types, and the inflammasome activation depends
on the redox status in particular to cell types upon PAMP
stimulation. In healthy macrophages, the antioxidant system
is stimulated to counteract the high level of ROS and impaired
antioxidant response leads to low inflammasome activation
and IL-1𝛽 production [117]. Nonetheless, redox signalling
in inflammasome activation is far more complicated as
postulated and studies reported on caspase-8-dependent
inflammasome activation and ROS-induced NLRP3 inflam-
masome priming have been further proposed recently [118,
119]. Yet, there is no definite answer on how ROS impacts
inflammasome activation or priming and more studies are
needed to further justify the mechanisms involved. The
mechanisms involved by M1 macrophages are illustrated in
Figure 1.

4.2. ROS Promotes M2. Depending on the content of intra-
cellular glutathione, the M1 and M2 macrophages are char-
acterized as oxidative and reductive macrophages, suggest-
ing the redox regulation in macrophages physiology [120].
In contrast to M1 macrophages, M2 activation stimulates
increased arginase-1 activity and is accompanied by reduced
ROS and NO generation. The functions of tissue remodeling
and wound healing of M2 macrophages are explained to be
attributed by the macrophages effect in expressing increased
cathepsin S and cathepsin L and reduced NAPDH oxidase
(Nox2) activity, which all improved the phagosomal prote-
olytic activity of M2 (IL-4) macrophages. Reduced Nox2 also
improved the wound healing functions of M2 in degrad-
ing disulphide protein [121]. Furthermore, the interaction
between M2 macrophages with apoptotic bodies triggers
instability of NADPHoxidaseNox2mRNAs through binding
blockade of RNA-binding protein SYNCRIP to Nox2 3-
UTR. And this further defects the ROS production and leads
to M2 macrophage polarization [122]. In type I diabetes
NOD murine model, the deficiency of NADPH oxidase-
derived superoxide has rendered the skewing of islet resident
macrophages towards M2 phenotype followed by down-
regulation of TNF𝛼 and IL1𝛽 in surrounding environment
and further protects 𝛽-cell from destruction [123]. Besides,
the mutation of cytosolic protein of Nox2, p47phox−/−, also
favours the macrophage reprogramming towards M2 pheno-
type together with upregulation of arginase-1, Ym1, and Fizz1
[124].The notion is also further evidenced in diseased state of
microglia, where deletion of p47phox potentiatesmacrophages
towards M2 upon LPS stimulation followed by increase of
M2 markers IL-4R𝛼, Ym1, Fizz1, Mrc1, CD163, and MARCO.
Addition of apocynin, the inhibitor of NADPH oxidase, also
gives similar trend of outcome and the effect is reversed
upon intervention of IL-4 neutralising antibody [101]. All
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Figure 1: Involvement of ROS in regulatingM1 responsible phagocytic activity and inflammatory response. (a)Multiple pathways are involved
in generating NADPH, followed by ROS production by NADPH oxidase. The high ROS level mainly used to mediate the phagocytic activity
ofM1macrophages. (b) ROS serves as secondmessengermediating the inflammatory response ofM1macrophages, primarily throughMAPK
andNF-𝜅B as well as inflammasome activation.Mt, mitochondrial; FA, fatty acid; G6P, glucose-6-phosphate; R5P, ribulose-5-phosphate; PPP,
pentose phosphate pathway; TCA, tricarboxylic acid cycle.

these further propose depletion of Nox2 accompanied by
ROS reduction which is important for reprogramming of M1
to M2 phenotype.

Apart from the suggested role of NADPH oxidase in
regulating M2 macrophages, superoxide dismutase (SOD)
enzyme, which catalyses superoxide dismutation and was
associated with H

2
O
2
production, also contributed to M2

macrophages activation. Study byHe et al. postulated that Cu,
Zn-SOD−/− mice had abundance of alveolar macrophages
in M1 phenotype, while Cu, Zn-SODTG mice predominantly
expressed M2 macrophage markers. The function of Cu,
Zn-SOD in modulating M2 alternative activation is regu-
lated by redox-dependent STAT6 translocation [125]. Indeed,
previous study revealed the absence of IL-4 related genes
expressions in STAT6 deficient mice upon stimulation by IL-
4. Silencing of STAT6 in T lymphocytes showed incapability
to polarize to Th2 phenotype in the presence of IL-13 or IL-
4. This also further postulated that STAT6 is implicated for
M2 macrophage polarization, given that M2 macrophages
have the same differentiation manner as Th2 lymphocytes
[126].Moreover, as opposed toM1macrophages, extracellular
ATP blocks IL-1𝛽 in M2 macrophages. This was claimed
to be mediated by two mechanisms, the direct blockade
of ROS and inflammasome trapping through clustering of
actin filaments, which are both associated with reduced
ATP plasma membrane ion channel, P2X

7
R [127]. Recent

study also postulated the glucose metabolism related protein
carbohydrate kinase-like protein (CARKL) promotes M2
activation. Reduced pentose phosphate pathway (PPP) flux
in M2macrophages is mediated by CARKL that catalyses the
formation of sedoheptulose-7-phosphate, the intermediate
of PPP. The reduced glucose metabolism activated M2 was
evidenced by addition of metformin and rotenone which
blocked (IL-4) M2 genes expressions. The study also further
observed reduction in NAD by not NAD+ levels which
suggested that CARKL may be important in regulating the
redox balance in glucose metabolism [17].

Although impact of redox signalling or ROS production
in M1 macrophages activation seems to interfere with M2
macrophage priming, study by Zhang et al. postulated that
ROS production is also important for M2 macrophage dif-
ferentiation. Intervention of antioxidant butylated hydrox-
yanisole BHA by inhibiting Nox-mediated O2− production
before differentiation by M-CSF treatment blocked mono-
cyte differentiation to M2, which suggests that ROS may
implicate the early stage of M2 macrophage differentiation.
Further intervention of BHA in urethane-induced murine
lung cancer model also attenuated the occurrence of tumor-
associated macrophages and thereby reduced tumor progres-
sion [83]. Also, study revealed that KLF4 triggers MCP-1-
induced protein (MCPIP) to stimulate ROS production in IL-
4-inducedM2macrophages andROS attenuation blocked ER
stress inM2macrophages. Removal of theMCPIP shifted the
macrophage phenotype towards M1 with increasing phago-
cytic function [128]. These studies may render questions
for activation and priming of alternative M2 macrophages,
whether ROS may impact different stages of M2 macrophage
manifestation, which need to be further investigated. The
mechanisms involved by M2 macrophages are illustrated in
Figure 2.

5. Discussion

5.1. ROS-Controlled Macrophage Polarization in Disease Pro-
gression: A Potential Drug Target? More evidences postulated
that macrophage polarization played critical role in initiation
and progression of multiple human diseases, as described
above. In some cases, ROS plays a critical part in triggering
disease-specific skewing of macrophages. This has been
particularly observed in tumorigenesis and atherosclerosis
in which the dysregulation caused by oxidative stress and
inflammation have been extensively studied. However, the
involvement of oxidative stress in diseases progression may
be very broad and results in pathogenesis linking variety
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Figure 2: Involvement of ROS in regulating M2 responsible inflammation resolving and wound healing activities. Multiple pathways
are involved in reducing NADPH and its oxidase followed by reduced ROS generation. The low ROS level was accompanied by
reduced inflammatory mediators; increased M2-regulated genes responsible for inflammation resolution; and increased disulphide protein
degradation which enhanced wound healing effect of M2. S7P, sedoheptulose-7-phosphate; sedo, sedoheptulose; PPP, pentose phosphate
pathway; SYNCRIP, synaptotagmin binding, cytoplasmic RNA interacting protein; SOD, superoxide dismutase.

levels of biological processes; direct cues on ROS-directed
macrophage polarization further dominate diseases pro-
gression which are still lacking. This is also not justified
due to the nature of macrophages as effectors cells, whose
function in part is antigen presenting. In this case, ROS-
drivenmacrophage polarization is thus far difficult to become
putative drug target owing to the lack of specificity. This
shortage is reflected in multiple levels, and pharmaceutical
companies have to develop systems that particularly target
macrophage ROS as well as its polarization.This includes not
only drug target study but also development of drug deliv-
ery system. Interestingly, recent studies have revealed that
liposome specifically delivered molecules to macrophages
[129], which allows molecules to be specifically targeted
on macrophages in the body. And development of high-
resolution transcriptome analysis allows differentiation of
M1 macrophages from M2 phenotype by specific surface
markers [130]. Development of particular antibodies also
allows recognition of individual subtype of macrophages in
human body. Potential molecules targeting ROS signalling
and macrophage reprogramming could be further enriched
in order to discover the target treatment. More experimental
investigations as well as clinical trials shall be conducted to
prove the hypothesis.

5.2. Antioxidative Herbal Supplements RegulatingMacrophage
Polarization: Any Clues for Diseases Treatment? There are
a plenty of herbal supplements available for the indication
of health improvement. Herbal supplements are commonly
employed, by people not only in Asian countries with
tradition of using herbal remedy for diseases treatment, but
also in countries where use of herbal products is under
strict control and closed monitoring, for example, Europe
and US. There are an increasing number of populations who
favour herbal products as dietary supplements due to the
concrete health-improving effect of herbal supplements as
demonstrated from the scientific evidences by both benchtop

and clinical studies. Most of these herbal supplements, such
as Ginkgo biloba, lingzhi mushroom, baicalin, and some
composite herbal formulae, exhibit excellent antioxidative
effect in laboratory studies. Indeed, herbal supplements gen-
erally contain a series of flavone and phenol-like compounds
that work as effective scavengers of ROS and that confer
the health-improving effects. Interestingly, recent evidences
demonstrated that some herbal supplements could regulate
macrophage polarization in preclinical models of human
diseases. Study by Lam et al. proved that PHY906, an
herbal adjuvant derived from ancient Chinese Medicine
formula Huangqin Decoction, has beneficial effect to cancer
treatment. The tumor regression effect of PHY906 may be
associated with its regulation on polarization of macrophage
within tumormicroenvironment. Tumor frommice receiving
PHY906 showed more infiltrated M1 macrophages which
facilitates tumor cells killing activity [131]. Our previous study
on baicalin, which is the major compound in PHY906 and is
used as calming and soothing supplement, could reskew M2
polarized macrophages towards M1 phenotype. This effect
was reflected in tumor microenvironment, with more M1 but
reduced M2 macrophages observed after baicalin treatment.
Removal of macrophages attenuated tumor inhibition by
baicalin [132]. Interestingly, baicalin is generally used to
reduce inflammation. The property of baicalin and baicalin-
containing herbal supplement in activating proinflammatory
phenotype of tumor-associated macrophages may under-
score a variety of mechanisms underlying effect of baicalin
on macrophages. In fact, baicalin has been reported as a
ROS generator as well as scavenger in macrophages [133,
134]. Given the complicated role of ROS as we discussed
above, the dual role of baicalin in ROS homeostasis may be
involved in baicalin-mediated proinflammatory macrophage
skewing. More scientific evidences have to be acquired in
order to prove if ROS involves baicalin-mediatedmacrophage
functions, but this also further raises the consideration on
the scientific scrutiny in consumption of herbal products as
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daily dietary supplements, assuming that they may impact
ROS-driven macrophages polarization. Similar cases are
reported in other antioxidative herbal supplements, includ-
ing bitter mushroom [135] and lingzhi mushroom [136],
which facilitates the regulation of macrophage polarization
towards particular phenotype. Nonetheless, the function
of polarized macrophages with particular phenotype varies
across different diseases, and there is no justifiable con-
clusion on the function of each individual phenotype of
macrophages in all diseases. In this case, herbal supplements
consumption without concerning their use in particular
diseases may cause severe consequences, at least in the
context of macrophage polarization. As we still could not
deny the drug-like effect of many herbal supplements, their
proper use shall be further supported by more scientific
evidences.

6. Conclusion

In summary, macrophages are majorly diversified into
two distinct phenotypes. A variety of peripheral and resi-
dence factors may determine the dominant phenotypes of
macrophages within tissues. Although it is not yet concluded
whether this polarization of macrophages is in situ reversible,
it has been shown that the overall shift of macrophage
phenotypes plays a critical role in the progression of various
human diseases. Instead ofmerely being a harmful byproduct
of metabolism, ROS has been shown to get involved in the
functional and phenotypic regulation of macrophages. ROS
is able to control the cell death, proliferation, motility, and
phagocytic ability of macrophages. Intriguingly, it is recently
observed that ROS may play a complicated role in regu-
lating macrophage polarization, which implies the potent
future therapeutic approaches for life-threatening diseases.
Development of target-specific delivery system has been
supportive for drug development, and natural antioxidants
with immunomodulatory function shall be considered. More
scientific evidences as well as clinical trials are imperative and
emerging.
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Ischemia and reperfusion (I/R) causes a reduction in arterial blood supply to tissues, followed by the restoration of perfusion
and consequent reoxygenation. The reestablishment of blood flow triggers further damage to the ischemic tissue through reactive
oxygen species (ROS) accumulation, interference with cellular ion homeostasis, and inflammatory responses to cell death. In
normal conditions, ROS mediate important beneficial responses. When their production is prolonged or elevated, harmful events
are observed with peculiar cellular changes. In particular, during I/R, ROS stimulate tissue inflammation and induce NLRP3
inflammasome activation. The mechanisms underlying the activation of NLRP3 are several and not completely elucidated. It was
recently shown that NLRP3 might sense directly the presence of ROS produced by normal or malfunctioning mitochondria or
indirectly by other activators of NLRP3. Aim of the present review is to describe the current knowledge on the role of NLRP3 in
some organs (brain, heart, kidney, and testis) after I/R injury, with particular regard to the role played by ROS in its activation.
Furthermore, as no specific therapy for the prevention or treatment of the high mortality and morbidity associated with I/R is
available, the state of the art of the development of novel therapeutic approaches is illustrated.

1. Introduction

The term ischemia and reperfusion (I/R) indicates a reduc-
tion of arterial blood supply to tissues followed by the
restoration of perfusion and consequent reoxygenation [1]. In
humans, ischemia, with the consequent fall in blood supply,
is generally induced by the presence of an arterial embolus,
which induces a severe tissue hypoxia in a coexistent inflam-
matory environment secondary to different risk factors, such
as diabetes, hyperlipidemia, and aging. Experimental studies
examining the mechanisms and the consequences of I/R
use surgical methods to block specific vessels in otherwise
healthy animals [2], therefore, these models are indicated
to better understand the mechanisms involved in the injury
induced by I/R.

The restoration of blood flow causes further damage to
the ischemic tissue through neutrophil infiltration, reactive
oxygen species (ROS) accumulation, deregulation of cellular
ion homeostasis, and cell death with consequent inflamma-
tory responses. Furthermore, in addition to local damage,
I/R can also induce deleterious remote effects, resulting in
the development of systemic inflammatory responses and
multiple organ dysfunction syndrome [3].

Reperfusion is characterized by an early and a late phase,
during which, due to reduced adenylate cyclase activity and
intracellular cAMP levels, free radicals, such as ROS, are
generated [4], and themechanisms of cell death are triggered.

ROS are free radicals containing the oxygen atom, among
which there are hydrogen peroxide (H

2
O
2
), superoxide

anion (O
2

∙−), and hydroxyl radical (OH∙). They originate
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Figure 1: Schematic representation of ischemia/reperfusion injury and of potential therapeutic strategies to modulate oxidative stress and/or
related NLRP3 activation.

mainly within the mitochondria, as a bioproduct of oxygen
metabolism, but can also be generated by cellular enzymes,
including lipoxygenase (LOX) and cyclooxygenase (COX)
[5].

Under normal conditions, ROS have beneficial effects, as
they regulate several important, physiological responses by
redox-responsive signaling pathways. In fact, ROS control
cellular growth, differentiation, and migration, regulate the
vascular tone and cellular adhesion, contribute to the produc-
tion of iNOS at transcriptional and posttranscriptional level
by redox-dependent Nuclear Factor-𝜅B (NF-𝜅B) or mitogen
activated protein kinases (MAPKs), and modulate immune
response and control angiogenesis and apoptosis [5–7].

When ROS production is prolonged or elevated, detri-
mental events are observed with peculiar changes in cellular
proteins, lipids, and ribonucleic acids, leading to cell dys-
function or death. Several enzymes with antioxidant activity
are involved in neutralizing ROS: among them, superoxide
dismutase (SOD), 𝛾-glutamyltransferase (GGT), glutathione
(GSH), glutathione reductase (GSSG-Rd), glutathione perox-
idase (GSH-Px), glutathione S-transferase (GST), and cata-
lase (CAT) are included [8]. All these antioxidant systems
are differently expressed in various organs. In fact, the GSH

system shows moderate concentrations in kidney, heart, and
brain, while GGT, GSSG-Rd, SOD, CAT, and GSH-Px are
highest in the kidney, when compared to the brain [9], the
heart [10], and the testis [10]. In addition, the antioxidant
systems are differentially expressed in adult organs and in
various embryonic stages [10].

The imbalance between ROS formation and the detox-
ifying action of these oxidizing radicals induces a cellular
condition, called oxidative stress [11]. In particular, ROS, dur-
ing I/R, promote tissue inflammation and activate immune
response through NLRP3 inflammasome [11] (Figure 1).

The innate immune system is based on pattern-
recognition receptors (PRRs) to sense pathogenic microbes
and other endogenous or exogenous pathogens, such as
pathogen-associated molecular patterns (PAMPs) and
damage-associated molecular patterns (DAMPs). These
immune activators initiate and regulate innate immune
responses when identified by several classes of PRRs,
including Toll-like receptors (TLRs), RIG-I-like receptors
(RLRs), Nod-like receptors (NLRs), AIM2-like receptors
(ALRs), C-type lectin receptors (CLRs), and other DNA
sensors [12, 13]. PRRs trigger the activation of specific
signaling pathways, which induce the production of many
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proinflammatory cytokines and chemokines and present
antigens to the adaptive immune system for long-lasting
protection.

NLRs form a large protein family of intracellular sensors,
the members of which share a conserved central nucleotide-
binding, oligomerization domain (NOD), a leucine-rich
repeat (LRR) region, and a variable N-terminal effector
domain [14, 15]. The family members of inflammasome are
numerous [16], but NLRP3 inflammasome is the best charac-
terized.

In a series of experimental models in vitro [17, 18],
it was shown that two different steps, controlled by two
different mechanisms, are required for the activation of
NLRP3. The former is driven at transcriptional level by NF-
𝜅B, whose increased production in I/R injury is activated via
TLR signaling throughMyd88-dependent pathways, with the
subsequent stimulation of interleukin- (IL-) 1𝛽 and IL-18 gene
expression [19, 20]. The latter is induced at posttranscrip-
tional level and consists in the activation of NLRP3, driven
by many activators, such as ROS in I/R injury [21].

When activated, the NLRP3 inflammasome is formed
by the NLRP3 protein belonging to the family of NLRs, by
the adapter protein apoptosis-associated speck-like protein
(ASC), and by the procaspase-1 [15]. The assembly of NLRP3
moves procaspase-1 molecules near enough to transform
them into active fragments [21], so that the conversion of
the immature proinflammatory cytokines IL-1𝛽 and IL-18 to
their active forms is induced [22, 23]. These cytokines then
initiate or amplify diverse downstream signaling pathways
and drive proinflammatory processes [24], leading to cel-
lular damage, such as autophagy and pyroptosis [22]. The
former is a process of self-degradation of parts of the cells
through sequestering of organelles or parts of the cytoplasm
and subsequent fusion with lysosomes [25]. Pyroptosis is a
programmed cell death with loss of the cellular membrane
integrity, differently from apoptosis, associated with IL-1𝛽
and IL-18 secretion; for this reason, it is considered an
inflammatory form of cell death [26]. NLRP3 activation is
able to promote also the initiation and the progression of
different autoimmune and autoinflammatory diseases, such
as metabolic disorders, inflammatory bowel syndrome [15],
obesity, and cognitive diseases [27].

The mechanisms driving the activation of NLRP3, that
is, NLRP3 oligomerization, ASC recruitment, and caspase-
1 activation, are generally classified as noncanonical and
canonical.The noncanonical pathway involves caspase-4 and
caspase-5 in human cells and caspase-11 in mice and is
activated by the identification of cell wall ligands, such as
LPS, from phagocytized bacteria [28].The canonical pathway
is based on the recognition of general cellular stress, such
as the oxidative stress induced by I/R, bacterial toxins,
and particulate substances [28]. Recent studies showed that
NLRP3 might sense the presence of ROS produced into the
same cell by normal or malfunctioning mitochondria [29].
In particular, it was proposed that increased ROS are sensed
by a complex of TRX and TRX-interacting protein (TXNIP)
and induce the dissociation of the complex. In normal cells,
TXNIP is constitutively connected to and kept in the reduced
state by the ubiquitous TRX [30]. Following an increase

in cellular ROS concentration, this complex dissociates and
TXNIP binds to the LRR region of NLRP3, leading to NLRP3
activation [31].

Given the growing evidence that NLRP3 inflammasome
activation is involved in many systemic diseases [32, 33] and
considering that conflicting data exist with respect to I/R
injury, the present review was aimed to evaluate the current
knowledge on the role ofNLRP3 in some organs (brain, heart,
kidney, and testis) after I/R injury, with particular regard to
the role played by ROS in its activation. Furthermore, as no
specific therapy exists for the prevention or treatment of the
great mortality andmorbidity associated with I/R, the state of
the art of the development of therapeutic strategies was also
evaluated.

2. ROS and NLRP3 in I/R Injury of the Brain

It is well known that reperfusion may exacerbate the brain
injury initially caused by ischemia, producing an I/R injury
[3]. Among the various underlying mechanisms of stroke,
inflammation and oxidative stress are implicated in the
pathogenesis of brain I/R, and an adequate regulation of
inflammatory level may play a critical role in the prevention
and treatment of stroke [34]. In the last years, the role of
inflammasomes, particularly NLRP3, has been recognized in
postischemic inflammation after stroke. Since the inflamma-
some initiates inflammation, modulation of NLRP3 inflam-
masome can regulate inflammatory response. However, from
a molecular point of view, NLRP3 inflammasome pathway
can be activated by a variety ofmolecular signaling systems in
I/R brain and many mechanisms have not been fully defined
yet.

IL-1𝛽 is a crucial contributor to excitotoxic and ischemic
brain injury and central inflammatory responses [35, 36].
Specifically, this cytokine is produced during a central ner-
vous system disease or after a brain injury by macrophages or
microglial cells [37] and molecular mediators as mitochon-
dria-derived ROS and lysosomal protease cathepsin B are
necessary for the microglial cell production of interleukin-1𝛽
[38].

So far, NLRP3 inflammasome dependent responses in
vitro are linked to an initial stimulus by a pathogen or
damage-associated molecular pattern (DAMP) [18, 39, 40].
Recently, it has been shown that DAMPs could induce
inflammatory responses through the production of IL-6 and
chemokine (C-X-Cmotif) ligand 1 (CXCL1) and the release of
cathepsin B, in the absence of any bacterial infection or prod-
ucts in culturedmousemixed glia [41]. Savage and coworkers
[41] also revealed that IL-1 production contributed to increase
of IL-6 and CXCL1 levels following cerebral ischemia by
middle cerebral artery occlusion in mice, confirming that
DAMPs amplify brain inflammation by directly stimulating
production of glial derived inflammatory mediators. In this
context, acute phase protein serum amyloid A could act as
a priming stimulus on glial cells [41]. Together, these data
add new helpful information on molecular pathways of brain
inflammation and/or ischemic brain damage that involve glial
cells and NLRP3 inflammasome-activating DAMPs, in the
absence of cell priming and in the presence of a relevant
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endogenous priming stimulus, leading thus to new interest-
ing perspectives from a therapeutic point of view.

So far, a number of recent studies focused on pathophys-
iological mechanism and/or potential therapeutic strategy
to modulate inflammatory and oxidative stress pathways
involving NLRP3 inflammasome in stroke brain damage
(Figure 1).

Indeed, the expression pattern of the NLRP3 inflamma-
some in primary cortical neurons subjected to simulated
ischemia, in a mouse model of focal ischemic stroke, and in
brain tissue samples from stroke patients has been described
[42]. Interestingly, these authors showed that intravenous
immunoglobulin treatment protected brain cells in experi-
mental stroke models by a mechanism involving suppression
of NLRP3 activity [42].

Likewise, another interesting paper of Fann et al. [43]
reported that 16 hours of food deprivation, daily, for 4
months, can attenuate the inflammatory response and tissue
damage following focal ischemic stroke inmice through inhi-
bition of NLRP3 inflammasome activity. Moreover, NLRP3
deficiency ameliorates neurovascular damage in experimen-
tal ischemic stroke [44].

Bruton’s tyrosine kinase (BTK) is a tyrosine kinase
involved inNLRP3 inflammasome activation leading, in turn,
to caspase-1 activation and mature IL-1𝛽 production in the
ischemic brain [45]. Interestingly, Ito and coworkers [45]
showed that ibrutinib (PCI-32765), a potent BTK inhibitor
[46], suppresses NLRP3 inflammasome signal in a focal
brain I/Rmodel. Specifically, ibrutinib exerts neuroprotective
effects through the suppression of IL-1𝛽 maturation in infil-
trating macrophages and neutrophils in the infarcted area.

Asmentioned before, oxidative stress is a crucial hallmark
in the pathophysiology of brain damage after stroke. To
this purpose, it has been indicated that ROS are proximal
signals for NLRP3 inflammasome activation in inflamma-
tory diseases [47]. Experimental evidences demonstrate that
an increase in ROS concentration following cellular stress
leads to TRX oxidation, TXNIP recruitment of NLRP3,
and consequent NLRP3 activation [48]. In fact, the action
of curcumin in the hippocampus subjected to glutamate
neurotoxicity was recently demonstrated [48]; in vitro and
in vivo results showed that curcumin attenuated glutamate
neurotoxicity by inhibiting endoplasmic reticulum stress-
associated TXNIP/NLRP3 activation via the regulation of
AMP-Activated Protein Kinase and thereby protected the
hippocampus from ischemic insult [48].

Umbelliferone (UMB) is a natural compound belonging
to the coumarin family with antioxidant properties. As
a matter of fact, in an interesting paper of Wang et al.
[49], pretreatment with UMB ameliorated the neurological
outcomes, the infarct volume, and the brain edema in a
rat model of focal cerebral ischemia induced by middle
cerebral artery I/R. These results indicate that UMB exerts
partly these neuroprotective effects through the inhibition
of TXNIP/NLRP3 signal. Moreover, another study suggests
that TXNIP plays a critical role in acute ischemic stroke
because it is directly linked to redox imbalance and NLRP3
activation. The latter also suggests the importance of the
antioxidant effect of resveratrol on the TRX/TXNIP system

inmice subjected to embolicmiddle cerebral artery occlusion
[50].

Recently, it has been shown that A151, a synthetic oli-
godeoxynucleotide containing multiple telemeric TTAGGG
motifs, reduces ischemic brain damage and NLRP3 mRNA
levels in Stroke-Prone Spontaneously Hypertensive rats sub-
mitted to permanent middle cerebral artery occlusion [51].

Collectively, these data strongly confirmed that NLRP3
represents a potential therapeutic target in the manage-
ment of ischemic stroke. Therefore, an appropriate treat-
ment of brain I/R injury with compounds showing anti-
inflammatory/antioxidant activity and targeting different and
complex molecular pathways, also including NLRP3 acti-
vation, remains a big therapeutic challenge in translational
medicine. In fact, it is nowadays difficult to establish the
appropriate timing about their use and/or the duration of
treatment to counteract the brain parenchymal damage in the
setting of I/R injury.

3. ROS and NLRP3 in I/R Injury of the Heart

Myocardial I/R injury is a pathological process causing
cardiac cells necrosis and apoptosis, in particular when the
coronary perfusion is restored [52].

A large number of studies have demonstrated an
increased ROS formation either during the ischemic phase
or during the reperfusion period. Excessive ROS induce cell
injury by disrupting cellular signaling transduction, activat-
ing inflammation factors, and inducing lipid peroxidation
[53] and even cell death [54]. Additionally, ROS have been
identified as an important NLRP3 inflammasome activator in
cardiac diseases [55].

When activated, NLRP3 forms an inflammasome com-
plex with the adaptor molecule ASC, thus controlling the
activation of caspase-1; the latter cleaves pro-IL-1𝛽 and pro-
IL-18 into the biologically active forms, thus initiating the
sterile inflammatory disease [56]. In a recent work [52], KO
mice for NLRP3 showed larger infarct size than wild type,
so a protective role of NLRP3 inflammasome was suggested.
However, the results of the study were critically discussed and
disproved by Toldo et al. [57].

IL-1𝛽 and ASC are key players in I/R injury as they
are important and early mediators of the inflammatory
response in myocardial I/R injury (Figure 1). In fact, ASC
deletion and IL-1𝛽 inhibition protect the myocardium from
I/R injury in mice [58, 59]. In myocardial I/R injury, an
important role is played also by IL-18, whose expression is
stimulated in cardiomyocytes by ROS [60]. Specifically, IL-
18 may induce myocardial injury through the induction of
inflammation, increased apoptosis, and changes in calcium
overload [61]. The administration of human myocardiocytes
of IL-18 binding protein, a potent inhibitor of IL-18 activity,
improved contractile function [58] and showed a protective
role in the cardiac inflammatory response against I/R injury
in mice [62]. Similarly, the treatment of mice with IL-18
neutralizing antibodies prior to I/R injury reduced the infarct
size [60].

As to the mechanisms by which ROS induce inflamma-
some activation in the heart, many doubts are still present.
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TXNIP is ubiquitously expressed in normal tissues and is an
endogenous inhibitor of TRX as, when directly connected,
it prevents TRX activity to scavenge ROS [63]. Therefore,
TXNIP KO mice showed a protection from I/R injury in
cardiomyocytes [64]. However, the mechanism by which
TXNIP mediates cardiac injury is still not clear. Recently, in
myocardial I/R injury a role of TXNIP in the activation of
the NLRP3 inflammasome was proposed through a direct
interaction in cardiac microvascular endothelial cells, after
intramyocardial administration ofNLRP3 andTXNIP siRNA
and of BAY 11-7028, an inflammasome inhibitor [63] (Fig-
ure 1).

Many clinical studies examined the role of antioxidants
in ROS-mediated I/R injury through the administration of
antioxidant drugs after thrombolysis, but the results were not
positive in reducing infarct size or enhancing heart function
[65]. On the contrary, inmiceKO forNADPHoxidases (Nox)
2 and 4, contributing to part of ROS production during I/R
injury, a reduction in ROS production and a decrease of the
infarct size were observed after I/R [66]. However, it was
suggested that a total inhibition of Nox is not positive as it
is involved in the physiological and beneficial production of
ROS [66]. Among antioxidant drugs, resveratrol protects the
heart during I/R injury by inhibition of NALP3 inflamma-
some and ROS production [67] (Figure 1).

4. ROS and NLRP3 in I/R Injury of the Kidney

I/R injury is one of the common causes of acute renal
failure, thus playing a significant impact on patient morbidity
and mortality [33]. Kidneys are particularly vulnerable to
ischemia; therefore, I/R injury may cause early graft rejection
in renal transplantation and induce structural damage after
suprarenal aneurysm repair, renal artery reconstruction, con-
trast agent-induced nephropathy, cardiac arrest, and shock
[68]. Even if ischemia initiates a complex, organized series
of events, resulting in damage and death of renal cells due to
the dramatic decrease in oxygen and nutrition, reperfusion,
though essential for tissue survival, determines an exacerba-
tion of tissue injury and a profound inflammatory response,
leading to renal dysfunction [1]. Increasing ischemia time
worsens the histological changes, which are particularly
severe at 24–72 hours after reperfusion.

Epithelial cells, particularly those of the S3 segment of the
proximal tubule in the outer renal medulla, are particularly
exposed to both ischemia and reperfusion phases of I/R
injury, which can lead to acute tubular necrosis [69, 70]; on
the contrary, glomerular vessels degeneration was described
only in the reperfusion phase [69]. Histopathological eval-
uation revealed the presence of extensive vascular dilata-
tion, slight interstitial edema, tubular dilatation, tubular cell
swelling, brush border, and nuclear loss [71]. Furthermore,
I/R injury induces an early infiltration of inflammatory
cells, mainly neutrophils [72], in addition to the rapid
tubular necrosis determining an acute renal dysfunction [73].
However, it was observed that the less I/R-sensitive cells of
the distal tubules might have a protective role, leading to
reepithelialization of the injured tubules and preventing the
progression to chronic kidney disease [74].

There is now substantial evidence that ROS and NLRP3
inflammasome have a key role, even if not coincident, in the
primary mechanism through which I/R induces the above
indicated kidney damage.

In fact, Iyer et al. [75] showed that nonlethal renal I/R
injury resulted in a significant upregulation of NLRP3 gene
expression, which was accompanied by pronounced acute
tubular necrosis. It was suggested that specific forms of
cellular injury result in the release of viablemitochondria into
the extracellular space, triggering the activation of theNLRP3
inflammasome, in part through the release of ATP.

Furthermore, upregulation of NLRP3 activates caspase-
1 and, subsequently, IL-1𝛽 and IL-18; in addition, caspase-1
induces pyroptosis, a proinflammatory form of programmed
cell death, characterized by pores in the plasma membrane at
early time points [33].

Several pharmacological approaches were proposed to
reduce the functional and morphological damage induced
by I/R in kidney. In particular, the pathways of oxidative
stress and NLRP3 inflammasome were examined by the
administration of antioxidant drugs or by the study of NLRP3
knock-out (KO) animals (Figure 1).

As to the drugs acting on the ROS production and/or
scavenging in the kidney, the pretreatment with the pineal
hormone melatonin had a protective effect against oxidative
damage caused by free radicals in a number of models
both in vivo and in vitro of I/R injury: in particular, when
administered prior to ischemia and immediately before the
reperfusion, melatonin reduced the renal structural changes
and limited the neutrophils infiltration [69].

Similar results were obtained from the pretreatment
with naringin [76], aqueous garlic extract [77], rutin [78],
propofol [79], celastrol [71], and allopurinol and apocynin,
administered alone or together [80]; all these therapeutic
strategies were based on the antioxidant properties of these
substances, which are able to positively act on the exaggerated
inflammatory responses and tissue damage dependent on
the free radicals production and the inflammatory cells
infiltration [53].

The pretreatment with modified adenovirus expressing
IL-13, which is known to display antioxidant properties,
diminished renal tubulointerstitial damage and inflammation
induced by I/R [81].

Important data on the mechanisms involved in the I/R
of kidney were obtained from the study of KO animals. In
fact, in IL-18 KO mice, a reduced tubular damage and higher
protection against I/R injury [82] were observed. In NLRP3
KOmice, an increased proliferation of tubular epithelial cells
was observed, thus indicating that NLRP3 is detrimental
to the repair response after the reperfusion phase of the
I/R injury [83]. Similarly, in NLRP3 KO mice following I/R
injury, an increased protection from lethal ischemic injury
[56] and a reduced tubular necrosis and apoptosis, with
consequent repopulation of the tubular epithelium, were
observed after the reperfusion phase [84]. On the contrary,
when ASC KO mice were examined, the protection from
lethal ischemic injury was less pronounced [32, 75] and the
tubular necrosis and apoptosis were higher and similar to
those observed in WT mice [84]. It was evident that, at least
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in the kidney, the NLRP3 protein, the essential component of
the inflammasome, may play an independent role in injury
signaling, different from that of the other components of the
inflammasome (ASC, caspase-1).

5. ROS and NLRP3 in I/R Injury of the Testis

Testis torsion is a testicular lesion typical of the pediatric
population and it is representative of the I/R injury observed
in other organs [1, 85]. Under these circumstances, the
testis produces several proinflammatory cytokines, whose
increased levels can be considered an indirect evidence of
tissue inflammation [86].

In normal conditions, enzymatic antioxidant defense
systems, such as SOD, GPx, and CAT, protect testicular
somatic and germinal cells from free radical damage. On the
contrary, malondialdehyde (MDA) is an important indicator
of lipid peroxidation induced by ROS [87].

I/R induces early tissue injuries, such as reactive oxygen
species (ROS) generation [4], and a damaged barrier func-
tion of endothelial cells, resulting from reduced adenylate
cyclase activity and intracellular cAMP levels. In particular,
during I/R, nucleotides in the form of ATP stimulate tissue
inflammation and trigger NLRP3 inflammasome [88]. This
pathological cascade causes a decreased number of germ cells
induced by an enhanced apoptosis, the vacuolization of the
seminiferous epithelium, a reduced number of spermatozoa,
and a recruitment of neutrophils [89]; at a later stage, testicu-
lar atrophy and impaired spermatogenesis are observed [90–
92].

In order to prevent testicular I/R injury, the effects of
different substances with antioxidant activities and the role
of NLRP3 inflammasome have been investigated (Figure 1).

Among antioxidant substances, lipoic acid (LA) has
ROS scavenging and metal chelating ability and regenerates
endogenous antioxidants, such as glutathione and vitamins E
and C [87]. The pretreatment with LA induced an increase
of SOD and GPx activity, reduced MDA levels, and abated
cellular damage.

Similar results have been obtained by the pre- or
posttreatment with different antioxidant pharmacological
approaches, including taurine [93], dehydroepiandrosterone
[94], curcumin [95], Psoralea corylifolia [96], rutin [97], thy-
moquinone [98], and apocynin [99].

As to the role of NLRP3 inflammasome, specific
inhibitors, such as BAY 11-7082 [100] and Brilliant Blue G
(BBG) [101], are able to inhibit its effects in a testicular I/R
model [102]. In fact, BAY 11-7082, an I-𝜅B kinase-𝛽 inhibitor,
and BBG, blocking the membrane-bound purinergic P2X7
receptor, showed a significant reduction of IL-1𝛽 and
IL-18 mRNA expression, blunted caspase-1 and caspase-3
expression, minor histological damage, low TUNEL activity,
and preserved spermatogenesis, indicating a selectively
reduced NLRP3 inflammasome activity [102]. It was also
observed that NLRP3 KO mice responded to I/R insult with
a lower activation of the inflammatory and apoptosis cascade
than WT animals.

Therefore, NLRP3 can be considered an interesting target
for innovative drugs aimed at treating I/R injury after testic-
ular torsion.

6. Conclusions

The restoration of blood flow as soon as possible is without
any doubt the primary therapeutic approach to ischemia,
even if reperfusion, although essential to restore oxygen and
nutrients supply and to remove potentially harmful prod-
ucts of cellular metabolism, can induce further pathological
processes in the same organ and tissue injuries in other
organs.

The main points to be stressed as a conclusion of this
review can be summarized as follows:

(i) ROS have beneficial effects, as they regulate several
important, physiological responses by redox-respon-
sive signaling pathways, but, during I/R, they promote
tissue inflammation and activate immune response
through different pathways, includingNLRP3 inflam-
masome.

(ii) Not all organs demonstrate equal sensitivity to
ischemia [2], the brain being the most sensitive to
reductions in its blood supply; all organs demonstrate
similar sensitivity to reperfusion injury, whose key
events are inflammation and oxidative stress.

(iii) The effects of ROS-mediated NLRP3 inflammasome
activation in course of I/R injury in other experi-
mental models are strongly suggested; in fact, by the
examination of the existing literature, no data on limb,
intestine, and ovary ischemia are present.

(iv) In some of the already available experimental models,
such as the heart, the testis, and the kidney, further
studies using KO mice (NLRP3 or ASC) or antag-
onists of the NLRP3 cascade are needed to better
understand the physiopathological events during I/R
injury.

In conclusion, despite the increased literature of the past
decade, a definite comprehension of the role of NLRP3
inflammasome in the host responses to different danger sig-
nals is still lacking. A detailed examination of the molecular
mechanisms driving NLRP3 inflammasome transcription,
assembly, and activation is needed to elucidate these pro-
cesses in the different organs. This experimental approach,
given the role of NLRP3 in several sterile inflammatory
diseases, could be the basis for the design and elaboration
of novel NLRP3 inflammasome inhibitors, thus avoiding
the exclusive use of substances with antioxidant activity in
patients with ischemic damage.
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Excessive production of reactive oxygen species (ROS) may cause endothelial dysfunction and consequently vascular disease. In
the present study, the possible protective effects of sheep whey protein (SWP) from tert-butyl hydroperoxide- (tBHP-) induced
oxidative stress in endothelial cells (EA.hy926) were assessed using oxidative stress biomarkers. These oxidative stress biomarkers
were glutathione (GSH) and ROS levels determined by flow cytometry.Moreover, thiobarbituric acid-reactive substances (TBARS),
protein carbonyls (CARB), and oxidized glutathione (GSSG)were determined spectrophotometrically.The results showed that SWP
at 0.78, 1.56, 3.12, and 6.24mg of protein mL−1 increased GSH up to 141%, while it decreased GSSG to 46.7%, ROS to 58.5%, TBARS
to 52.5%, and CARB to 49.0%. In conclusion, the present study demonstrated for the first time that SWP protected endothelial
cells from oxidative stress. Thus, SWP may be used for developing food supplements or biofunctional foods to attenuate vascular
disturbances associated with oxidative stress.

1. Introduction

Free radicals such as reactive oxygen species (ROS) can be
generated in a wide variety of chemical and biological sys-
tems. ROS play an important role in body’s immune response
[1], redox regulation of gene transcription [2], and cell signal-
ing [1]. On the other hand, the ensuing cascade of ROS can
result in cellular damage including apoptosis, protein oxida-
tion, DNA modification, and lipid peroxidation [3]. Under
normal conditions ROS are controlled by antioxidant sys-
tems. When there is a disturbance between the prooxidant
and antioxidant balance in favor of the former that leads
to oxidative stress which can cause damage to all molecular
targets [1], a range of antioxidants are active in the body
including enzymatic and nonenzymatic antioxidants [4].
Antioxidant enzymes include superoxide dismutase (SOD),
catalase (CAT), and glutathione peroxidase (GPX) [4]. Non-
enzymatic antioxidants include vitamin A, vitamin C, vita-
min E, flavonoids, glutathione (GSH), uric acid, and bilirubin
[5].

The endothelium lines the entire vascular system and
is composed of a monolayer of endothelial cells. Endothe-
lial cell structure and functional integrity are important in

the maintenance of the vessel wall and circulatory function.
In addition to its role as a selective permeability barrier, endo-
thelial cells are dynamic and are capable of conducting a
variety of metabolic and synthetic functions and regulating
homeostasis, immune, and inflammatory responses [6]. Endo-
thelial cell injury or dysfunction is a hallmark of many patho-
logic conditions including atherosclerosis and thrombosis
[6]. Excessive production of ROS may exceed the capacity of
antioxidant mechanisms, thus contributing to vascular dis-
ease by induction of endothelial dysfunction through several
pathways [6]. Endothelial dysfunction is considered largely
as endothelial activation, which may eventually contribute
to arterial disease [6]. Inflammatory cytokines, growth factors,
and the interaction of the endothelium with leukocytes
may induce ROS signaling in endothelial cells. Moreover,
interaction between ROS and NO may cause a vicious circle
leading to more endothelial activation and inflammation [6].
In addition, superoxide dismutasemay use superoxide radical
(O
2

∙−) for producing hydrogen peroxide which can diffuse to
the endothelial cells and damage proteins through reaction
with cysteine groups [7]. Thus, continuous ROS signaling in
endothelial cells can cause loss of integrity, progression to
senescence, and detachment into the circulation [8].
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Thus, there is a great interest for natural sources of antiox-
idants in order to enhance antioxidant mechanisms and pro-
tect the organism from the harmful effects of oxidative stress.
For example, whey protein is a widely consumed supplement
that is considered to increase the antioxidant defense [9,
10]. Whey protein is a by-product of cheese manufacturing,
but it is used as a functional food with nutritional applica-
tions [11, 12]. The main components of whey include beta-
lactoglobulin, alpha-lactalbumin, bovine serum albumin,
lactoferrin, immunoglobulins, lactoperoxidase enzymes, gly-
comacropeptides, and lactose [13]. Some of these components
act as antioxidants. For example, alpha-lactalbumin can
chelate iron and thus result in the reduction of oxidative
stress [14]. Moreover, whey protein has a high content in
the sulphur-containing amino acids cysteine andmethionine
that enhance antioxidant mechanisms through intracellular
conversion to glutathione [11].

In our previous studies, we have shown that a cake con-
taining sheep whey protein (SWP) had antioxidant and anti-
inflammatory activities in subjects submitted to intense exer-
cise [9, 15].We have also shown that SWP exerted antioxidant
effects on C2C12 muscle cells [16]. The aim of the present
study was to examine the possible protective effects of SWP
against tert-butyl hydroperoxide- (tBHP-) induced oxidative
stress in EA.hy926 endothelial cells.

2. Materials and Methods

2.1. Chemicals, Reagents, and Culture Medium. Dulbecco’s
modified Eagle’s medium (DMEM), fetal bovine serum
(FBS), phosphate buffered saline (PBS), and L-glutamine and
trypsinwere purchased fromGibco (Grand Island,NY). Tert-
butyl hydroperoxide (tBHP), 2,4-dinitrophenylhydrazine
(DNPH), urea, oxidized glutathione (GSSG), nicotinamide
adenine di-nucleotide phosphate (NADPH), 5,5-dithiobis
(2-nitrobenzoic acid) (DTNB), 2-vinyl pyridine, glutathione
reductase, ethyl acetate, Bradford reagent, mercury orange,
and 2,7-dichlorofluorescein diacetate (DCF-DA) were obtained
from Sigma-Aldrich (St. Louis, MO, USA). Trichloroacetic
acid (TCA), sodium hydroxide (NaOH), 2-thiobarbituric
acid (TBA), and ethanol were purchased fromMerck (Darm-
stadt, Germany). Cell proliferation kit II (XTT) was pur-
chased from Roche Diagnostics (Mannheim, Germany).

2.2. Cell Culture. EA.hy926 endothelial cells were cultured as
described previously in tissue culture flasks at 37∘C in 5%CO

2

[17]. The medium used was DMEM, containing 10% (v/v)
FBS, 2mML-glutamine, 100 units mL−1 of penicillin, and 100
units mL−1 of streptomycin (Gibco, UK).

2.3. Cell Viability Assay. Cell viability was assessed using
the XTT assay kit (Roche, Germany) as described previously
[17]. Briefly, EA.hy926 cells were subcultured into a 96-well
plate with 1 × 104 cells per well in DMEM medium. After
24 h of incubation, the cells were treated with increasing
concentrations of SWP (0.78, 1.56, 3.12, and 6.24mgof protein
mL−1) in serum-free DMEMmedium for 24 h or tBHP (0.15,
0.3, 0.6, and 1.2mM) for 1 h. Then, following manufacturer’s
instructions absorbance was measured at 450 nm and also

at 690 nm as a reference wavelength in a Bio-Tek ELx800
microplate reader (Winooski, VT, USA). Cell cultures in
DMEM serum-free medium were used as a negative control.
The absorbance of each SWP concentration alone in DMEM
serum-free medium and XTT test solution was also tested
at 450 nm. The absorbance values shown by the proteins
alone were subtracted from those derived from EA.hy926 cell
treated with proteins. Data were calculated as percentage of
inhibition by the following formula:

inhibition (%) = [
(O.D.control −O.D.sample)

O.D.control
] × 100, (1)

where O.D.control and O.D.sample indicated the optical density
of the negative control and the tested compounds, respec-
tively. All samples were measured in triplicate and at least in
three independent experiments.

2.4. Determination of Conditions for the Treatment of
EA.hy926 Cells with tBHP. In order to find out the appro-
priate conditions (i.e., dose, incubation time) at which tBHP-
induced oxidative stress in EA.hy926 cells, the cells were
seeded in 25 cm2 culture flasks, and when cell confluency was
70–80% incubatedwith tBHP for 1/2 or 1 h at 0.15 and 0.3mM.
Then, oxidative stress markers (i.e., ROS and GSH levels)
were evaluated using flow cytometry for assessing oxidative
stress induction.

2.5. Treatment of EA.hy926 Cells with SWP. EA.hy926 cells
were seeded in 25 cm2 culture flasks for GSH and ROS deter-
mination and 75 cm2 culture flasks for TBARS, protein car-
bonyls, and GSSG determination and were incubated for 24 h
at 37∘C in 5% CO

2

. Then, at a cell confluency of 70–80%, the
mediumwas removed and replaced with serum-freemedium
containing SWP at different concentrations (0–6.24mg of
proteinmL−1), followed by incubation for 24 h.The untreated
cells were considered as controls. After incubation, SWP was
removed and tBHP (0.3mM)was added for 1 h.Then, the cells
were trypsinized, collected, and centrifuged twice at 300 g
for 10 minutes at 5∘C. Each centrifugation was followed by
supernatant dismissal and resuspension of cellular pellet in
PBS. After the last centrifugation the cellular suspension was
used for themeasurement of oxidative stressmarkers, namely,
GSH, ROS, TBARS, protein carbonyls, and GSSG.

2.6. Flow Cytometric Analysis of GSH and ROS Levels. The
intracellular GSH and ROS levels were assessed by flow
cytometry using mercury orange and DCF-DA, respectively,
as described previously [17]. In particular, the fluorescent
mercury orange binds directly toGSH,whileDCF-DAwithin
cells is deacetylated by esterases and further converted to
fluorescent DCF by oxidative action of ROS. A 400𝜇M stock
solution of mercury orange was made up in acetone and
stored at 4∘C, while a fresh 400𝜇M stock solution of DCF-
DA was prepared in methanol. To assess the GSH and ROS
levels, the cells were resuspended in PBS at 1 × 106 cells
per mL and incubated in the presence of mercury orange
(40 𝜇M) or DCF-DA (10 𝜇M) in the dark at 37∘C for 30min.
Then, the cells were washed, resuspended in PBS, and
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submitted to flow cytometric analysis using a FACScan
flow cytometer (Becton Dickinson, NJ, USA) with excitation
and emission at 488 and 530 nm for ROS and at 488 and
580 nm for GSH. Also, forward angle and right angle light
scattering showing the cells size and cell internal complexity,
respectively, were measured. Cells were analyzed at a flow
rate of 1000 events per second. Analyses were performed
on 10000 cells per sample and fluorescence intensities were
measured on a logarithmic scale of four decades of log of
fluorescence. Data were analyzed by using BD Cell Quest
software (Becton Dickinson). Each experiment was repeated
at least three times.

2.7. Assessment of GSSG Levels. For the assessment of GSSG
levels, cellular suspension was homogenized by sonication
on ice. The resulting lysate was then centrifuged at 10,000×g
for 10min at 4∘C. Afterwards, GSSG was measured in
the supernatant according to the method of Reddy et al.
[18]. Briefly, 50 𝜇L of supernatant was neutralized to pH
7.0–7.5 with NaOH. Then, 5𝜇L of 2-vinyl pyridine (1 : 100
diluted) was added and the samples were incubated at room
temperature for 2 h. Ten 𝜇L of the sample treated with 2-
vinyl pyridine was mixed with 600𝜇L of 143mM sodium
phosphate (6.3mMEDTA, pH 7.5), 100 𝜇L of 3mMNADPH,
100 𝜇L of 10mM DTNB, and 189 𝜇L of H

2

O. The samples
were incubated for 10min at room temperature. After the
addition of 1 𝜇L of glutathione reductase, the change in
absorbance at 412 nm was read for 3min. The assay requires
more than 2–4 𝜇g absolute amount of protein in the test
sample. Total protein in cellular suspensionwas assayed using
a Bradford reagent from Sigma-Aldrich. GSSG concentration
was calculated using a standard sample containing 75𝜇L of
10 𝜇mol L−1 oxidized glutathione.

2.8. Assessment of TBARS Levels. For the assessment of
TBARS levels, cellular suspension was homogenized by son-
ication on ice. Then, TBARS were measured in the resulting
homogenate spectrophotometrically as previously described
[16]. 400𝜇L of cellular suspension or 400 𝜇L of PBS for
blank was mixed with 500𝜇L of 35% TCA and 500𝜇L of
trishydroxymethylaminomethane hydrochloride (Tris-HCl)
(200mM, pH 7.4) and incubated for 10min at room tem-
perature. Afterwards, 1mL of 2M Na

2

SO
4

and 55mM TBA
solution was added and the samples were incubated at 95∘C
for 45min.The samples were cooled on ice for 5min andwere
vortexed after adding 1mL of 70% TCA. Then, the samples
were centrifuged at 15,000 g for 3min and the absorbance of
the supernatant was read at 530 nm. The assay requires more
than 30 𝜇g absolute amount of protein in the test sample.
Total protein in cellular suspension was assayed using a
Bradford reagent from Sigma-Aldrich. Calculation of TBARS
concentration was based on the molar extinction coefficient
of malondialdehyde (MDA).

2.9. Assessment of Protein Carbonyl Levels. For the assess-
ment of protein carbonyl levels, cellular suspension was
homogenized by sonication on ice. Then, protein carbonyls
were measured in the homogenate spectrophotometrically as
previously described [17]. In this assay, 200𝜇L of 20% TCA

was added to 200𝜇L of cellular suspension and this mixture
was incubated in an ice bath for 15min and centrifuged at
15,000 g for 5min at 4∘C.The supernatant was discarded and
500𝜇L of DNPH [in 2.5N hydrochloride (HCL)] for the
sample or 500 𝜇L 2.5N HCL for the blank was added in the
pellet. The samples were incubated in the dark for 1 h, with
intermittent vortexing every 15min and were centrifuged at
15,000 g for 5min at 4∘C.The supernatant was discarded and
1mL of 10% TCA was added, vortexed, and centrifuged at
15,000 g for 5min at 4∘C.The supernatant was discarded and
1mL of ethanol-ethyl acetate (1 : 1 v/v) was added, vortexed,
and centrifuged at 15,000 g for 5min at 4∘C.Thiswashing step
was repeated twice. The supernatant was discarded and 1mL
of 5M urea (pH 2.3) was added, vortexed, and incubated at
37∘C for 15min. The samples were centrifuged at 15,000 g for
3min at 4∘Cand the absorbancewas read at 375 nm.The assay
requires more than 30 𝜇g absolute amount of protein in the
test sample. Total protein in cellular suspension was assayed
using a Bradford reagent from Sigma-Aldrich. Calculation
of protein carbonyl concentration was based on the molar
extinction coefficient of DNPH.

2.10. Statistical Analysis. Data were analyzed by one-way
ANOVA followed by Tukey’s test for multiple pairwise com-
parisons. The level of statistical significance was set at 𝑃 <
0.05. For all statistical analyses SPSS, version 13.0 (SPSS Inc.,
Chicago, IL), was used. Data are presented as mean ± SEM.

3. Results

3.1. Determination of the Cytotoxic Activity of SWP and tBHP.
In the present study, the SWPwas examined at concentrations
(0.78, 1.56, 3.12, and 6.24mg protein/mL) that exhibited
antioxidant activity in vitro [16]. The cytotoxic activity of
SWP in EA.hy926 cells was examined using the XTT assay.
The results showed that SWP had no cytotoxic effect at the
examined concentrations (Figure 1(a)). Regarding tBHP, the
results showed that there was no cytotoxicity at concentra-
tions below 0.6mM (Figure 1(b)).

3.2. Determination of the Conditions for the Treatment of
EA.hy926 Cells with tBHP. In a previous study, we have
found that tBHP-induced oxidative stress in mouse C2C12
myoblastoma cells at 0.3mM after 1/2 h incubation time.
Based on these results, for finding the appropriate conditions
(i.e., incubation time and dose) for the treatment of EA.hy926
cells with tBHP, the following methodology was followed.
At first, as mentioned above, tBHP’s effects on viability
of EA.hy926 cells were examined, so as the noncytotoxic
concentrations to be used. The results showed that there
was no cytotoxicity at concentrations below 0.6mM of tBHP
(Figure 1(b)). Then, noncytotoxic concentrations (i.e., 0.15
and 0.3mM) of tBHP were used at two different incubation
times, 1/2 and 1 h. At these incubation times, the effect of
tBHP at different doses on GSH and ROS levels was assessed,
so as to find out the appropriate concentration at which
tBHP-induced oxidative stress. The results showed that there
was a tBHP-induced decrease in GSH levels at 0.3mM after
1 h of incubation (Figures 1(c), 1(d), 1(e), and 1(f)). For this
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Figure 1: Continued.
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Figure 1: (a) Effects of whey protein on viability of EA.hy926 cells presented as % of control (untreated cells). (b) Effects of tBHP on viability
of EA.hy926 cells presented as % of control (untreated cells). (c) The histogram of cell counts versus fluorescence of 10,000 cells analyzed
by flow cytometer for the detection of GSH in EA.hy926 cells treated with tBHP at 0.15 and 0.3mM for 1 h. FL2 represented the detection
of fluorescence using 488 and 580 nm as the excitation and emission wavelength, respectively. (d) GSH levels in EA.hy926 cells treated with
tBHP at 0.15 and 0.3mM for 1 h, presented as % of control. (e) The histogram of cell counts versus fluorescence of 10,000 cells analyzed by
flow cytometer for the detection of GSH in EA.hy926 cells treated with tBHP at 0.15 and 0.3mM for 1/2 h. (f) GSH levels in EA.hy926 cells
treated with tBHP at 0.15 and 0.3mM for 1/2 h, presented as % of control. All values are presented as the mean ± SEM of 3 experiments (𝑛 = 9
for cell viability assay; 𝑛 = 3 for GSH assay). ∗Statistically significant compared to tBHP alone (𝑃 < 0.05).

reason, these conditions were selected for tBHP treatment.
Moreover, although tBHP at 0.3mM did not increase ROS
levels (Figures 2(a) and 2(b)), it increased lipid peroxidation
and protein oxidation (Figures 4(a) and 4(b), resp.).

3.3. Effects of Sheep Whey Protein on GSH and GSSG Levels
in EA.hy926 Cells. For assessing the effects of SWP on GSH,
ROS, and TBARS levels in EA.hy926 cells, noncytotoxic
concentrations (0.78–6.24mg of protein mL−1) were used
(Figure 1).

The GSH levels were evaluated by flow cytometry using
mercury orange for staining. Histograms demonstrating
the cell counts versus fluorescence of mercury orange are
shown in Figure 2(a). The mean fluorescent intensity was
evaluated using the BD Cell Quest software and the values
are presented as percentage of the control (untreated cells)
(Figure 2(b)). tBHP treatment decreased significantly GSH
levels by 28.6% compared to controls (Figure 2(b)). However,
treatment of EA.hy926 cells with SWP, at concentrations of
0.78, 1.56, 3.12, and 6.24mg of protein mL−1, before tBHP
administration increased GSH levels by 56.2%, 82.6%, 141%,
and 95.5%, respectively, compared to tBHP treatment alone
(Figure 2(b)). Although there was an increase in GSH levels
as SWP concentration increased, there were no statistically
significant differences between GSH values at different SWP
concentrations (Figure 2(b)).

The results showed that treatment of EA.hy924 cells with
tBHP had no significant effect on GSSG levels compared to
control. However, pretreatment with SWP at concentrations
of 0.78, 1.56, 3.12, and 6.24mg of protein mL−1 decreased
GSSG levels by 40.5, 46.7, 28.1, and 32.5%, respectively,
compared to tBHP treatment alone (Figure 2(c)). Similar to
GSH assay, SWP-induced decrease in GSSG levels was not
dose dependent (Figure 2(c)).

3.4. Effects of Sheep Whey Protein on ROS Levels in EA.hy926
Cells. ROS levels were evaluated by flow cytometry using
DCF-DA for staining. Histograms demonstrating the cell
counts versus fluorescence of DCF-DA are shown in Fig-
ure 3(a). The mean fluorescence intensity values were eval-
uated using the BD Cell Quest software and are expressed as
percentage of the control (untreated cells) (Figure 3(b)). The
administration of tBHP did not affect ROS levels compared
to control. However, treatment of EA.hy926 cells with SWP at
concentrations of 0.78, 1.56, 3.12, and 6.24mg of proteinmL−1
before tBHP administration decreased significantly ROS
levels by 32.6, 57.8, 58.5, and 24.4%, respectively, compared
to tBHP treatment alone (Figure 3(b)). In this assay, ROS
values at 1.56 and 3.12mg of protein mL−1 were significantly
lower compared to 0.78mg of proteinmL−1, indicating a dose
dependent effect (Figure 3(b)).

3.5. Effects of Sheep Whey Protein on TBARS Levels in
EA.hy926 Cells. The results showed that tBHP treatment
increased significantly TBARS levels by 19.0% compared
to control. Treatment of cells with SWP at 0.78–6.4mg
of protein mL−1 before tBHP administration led to a sig-
nificant decrease in TBARS levels by 38.7, 39.4, 48.0, and
52.5%, respectively, compared to tBHP treatment alone (Fig-
ure 4(a)). Although there was a decrease in TBARS levels as
SWP concentration increased, TBARS values were not sig-
nificantly different among the different SWP concentrations
(Figure 4(a)).

3.6. Effects of Sheep Whey Protein on Protein Carbonyl Levels
in EA.hy926 Cells. Protein carbonyl levels were increased
significantly by 60.0% after tBHP treatment compared to
control. However, pretreatment of EA.hy926 cells with SWP
at concentrations of 3.12mg of protein mL−1 and 6.24mg of



6 Oxidative Medicine and Cellular Longevity

10
1
10

2
10

3
10

4
10

0

FL2

0

40

80

120

160

200

C
ou

nt
s

10
1
10

2
10

3
10

4
10

0

FL2

0

40

80

120

160

200

10
1
10

2
10

3
10

4
10

0

FL2

0

40

80

120

160

200

10
1
10

2
10

3
10

4
10

0

FL2

0

40

80

120

160

200

10
1
10

2
10

3
10

4
10

0

FL2

0

40

80

120

160

200

10
1
10

2
10

3
10

4
10

0

FL2

0

40

80

120

160

200

Control tBHP (0.3mM)
0.78mg/mL

whey + tBHP
1.56mg/mL

whey + tBHP
3.12mg/mL

whey + tBHP
6.24mg/mL

whey + tBHP

(a)

Control tBHP

#

protein/mL +
tBHP

6.24mg
protein/mL + 

tBHP

3.12mg
protein/mL +

tBHP

1.56mg
protein/mL +

tBHP

0.78mg

∗

∗

∗
∗

0

20

40

60

80

100

120

140

160

180

200

G
SH

 le
ve

ls 
(%

 o
f c

on
tro

l)

(b)

Control tBHP

∗∗

∗

∗

protein/mL +
tBHP

6.24mg
protein/mL + 

tBHP

3.12mg
protein/mL +

tBHP

1.56mg
protein/mL +

tBHP

0.78mg
0

20

40

60

80

100

120

140

G
SS

G
 le

ve
ls 

(%
 o

f c
on

tro
l)

(c)

Figure 2: Effects of whey protein on GSH and GSSG levels in EA.hy926 cells. (a) The histogram of cell counts versus fluorescence of 10,000
cells analyzed by flow cytometer for the detection of GSH. FL2 represented the detection of fluorescence using 488 and 580 nm as the
excitation and emission wavelength, respectively. (b) GSH levels in EA.hy926 cells presented as % of control. (c) GSSG levels as evaluated by
spectrophotometer. Cells were studied under three conditions: under normal conditions (control), under treatment with tBHP (0.3mM) for
1 h, and under the combination of whey protein (0.78–6.24mg of protein mL−1) for 24 h and tBHP (0.3mM) for 1 h. All values are presented
as the mean ± SEM of 3 experiments (𝑛 = 3). ∗Statistically significant compared to tBHP alone (𝑃 < 0.05). #Statistically significant compared
to control (𝑃 < 0.05).
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Figure 3: Effects of whey protein on ROS levels in EA.hy926 cells. (a)The histogram of cell counts versus fluorescence of 10,000 cells analyzed
by flow cytometer for the detection of ROS. FL1 represented the detection of fluorescence using 488 and 530 nm as the excitation and emission
wavelength, respectively. (b) ROS levels in EA.hy926 cells presented as % of control. Cells were studied under three conditions: under normal
conditions (control), under treatment with tBHP (0.3mM) for 1 h, and under the combination of whey protein (0.78–6.24mg of protein
mL−1) for 24 h and tBHP (0.3mM) for 1 h. All values are presented as the mean ± SEM of 3 experiments (𝑛 = 3). ∗Statistically significant
compared to tBHP alone (𝑃 < 0.05). #Statistically significant compared to 0.78mg of protein mL−1 (𝑃 < 0.05).

protein mL−1 decreased significantly protein carbonyl levels
by 22.0 and 49.0%, respectively, compared to tBHP treatment
alone (Figure 4(b)). Moreover, there were significant differ-
ences in the protein carbonyl levels between 0.78 and 3.12mg
of protein mL−1 concentrations as well as between 1.56 and
6.24mg of protein mL−1 concentrations suggesting a dose
dependent effect of SWP (Figure 4(b)).

4. Discussion

An imbalance between ROS and antioxidants can lead to
oxidative stress which causes lipid peroxidation, protein
oxidation, and DNA damage, leading to several diseases [19].
All aerobic organisms including human have antioxidant
mechanisms that protect against oxidative damage and repair
damaged molecules. However, the natural antioxidant mech-
anisms may be insufficient and the supplementation with
natural antioxidants through diet is of great interest. Such
a natural product is whey protein, a by-product of cheese
manufacturing, that is considered a functional food with a
number of health benefits [11]. We have shown previously
that SWP possesses antioxidant activity [9, 16]. In the present
study, we investigated the protective effects of SWP against
tBHP-induced oxidative stress in EA.hy926 endothelial cells.

For this purpose, the effects of SWP on GSH levels in
EA.hy926 cells were examined. GSH is the most abundant
antioxidant in aerobic cells, present in micromolar (𝜇M)
concentrations in bodily fluids and in millimolar (mM)
concentrations in tissues [20]. Because of the cysteine residue,
GSH is readily oxidized nonenzymatically to glutathione
disulfide (GSSG) by electrophilic substances (e.g., ROS)
resulting in their scavenging [5, 21]. The GSSG efflux from
cells contributes to a net loss of intracellular GSH [5]. Thus,
the decrease of GSH:GSSG ratio is considered an indicator
of oxidative stress [22]. EA.hy926 cell treatment with tBHP
decreased GSH levels and increased GSSG levels. It has
been reported that tBHP oxidizes GSH through the activity
of glutathione peroxidase (GPx), thus leading to increased
levels of GSSG [23]. However, pretreatment of cells with
SWP before tBHP administration led to an increase in GSH
levels and a decrease in GSSG levels compared to tBHP
alone treatment. These results were consistent with those of
other studies. For example, O’Keeffe and FitzGerald [24] have
reported that incubation of human umbilical vein endothelial
cells (HUVECs) with hydrolysate fractions of whey protein
resulted in an increase in cellular glutathione by about 130%.
In one of our previous studies, we have also shown that
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Figure 4: Effects of whey protein on (a) TBARS levels and (b) protein carbonyl levels as evaluated by spectrophotometer presented as %
of control. Cells were studied under three conditions: under normal conditions (control), under treatment with tBHP (0.3mM) for 1 h, and
under the combination of whey protein (0.78–6.24mg of protein mL−1) for 24 h and tBHP (0.3mM) for 1 h. All values are presented as the
mean ± SEM of 3 experiments (𝑛 = 3). ∗Statistically significant compared to tBHP alone (𝑃 < 0.05). #Statistically significant compared to
control (𝑃 < 0.05). ¥Statistically significant compared to 0.78mg of protein mL−1 (𝑃 < 0.05). §Statistically significant compared to 1.56mg of
protein mL−1 (𝑃 < 0.05).

treatment of C2C12 muscle cells with increasing concentra-
tions of SWP (0.78–6.24mg of protein mL−1) before tBHP
treatment increased GSH levels by 138% [16] and decreased
GSSG levels by 31% (unpublished data) compared to tBHP
treatment alone. Xu et al. [25] demonstrated that treatment
of C2C12 cells with 0.5mgmL−1 whey protein, under the
influence of hydrogen peroxide (H

2

O
2

), increasedGSH levels
by 341% compared toH

2

O
2

alone treatment. In another study,
administration of 0.1, 1, and 10mgmL−1 of whey protein,
before ethanol exposure, increased GSH levels by 20.0%,
43.0%, and 98.0%, respectively, in the pheochromocytoma
cell line PC12 [12]. The whey protein-induced increase in
GSH levels is due probably to the contribution of cysteine
residues that aid in the synthesis of GSH [13]. Furthermore,
whey protein has been shown to induce the synthesis of
GPx eliminating hydroperoxides by oxidizing GSH to GSSG,
which in turn is reduced to GSH by glutathione reductase
(GR) [25].

Moreover, the effects of SWP on TBARS levels, a marker
of lipid peroxidation, were examined. Treatment of EA.hy926

cells with tBHP increased significantly TBARS levels. It has
been proposed that tBHP reacts with Fe2+ leading to the
formation of tert-butyl hydroperoxide (tBO∙) radicals leading
to lipid peroxidation [23, 26, 27]. The treatment of EA.hy926
cells with SWP decreased tBHP-induced increase of TBARS
levels. Interestingly, in a previous study, we have found that
pretreatment of C2C12 muscle cells with SWP (0.78–6.24mg
of proteinmL−1) decreased tBHP-induced increase of TBARS
levels up to 25.5% [16]. Moreover, we have shown that a cake
containing SWP decreased plasma TBARS levels in athletes
after intense exercise [9]. In another study, diabetic rats sup-
plemented with whey protein exhibited a significant decrease
in the level of malondialdehyde (MDA) levels, a marker
of lipid peroxidation [28]. Moreover, Xu et al. [25] showed
that in C2C12 muscle cells whey protein at 0.5mgmL−1 is
inhibited by 67% hydrogen peroxide-induced increase of
MDA levels.

Furthermore, SWP treatment of EA.hy926 cells resulted
in inhibition of tBHP-induced increase in protein oxidation,
as shown by reduction in protein carbonyls. This effect is
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important, since oxidative stress-induced carbonylation of
proteins leads to the loss of their physiological function [29].
It is believed that there is an association between lipid and
protein oxidation [30]. For example, tBHPhas been suggested
to lead to the formation of tBO∙ radicals that in turn lead
to protein oxidation either directly by attacking the amino
acyl side chains or indirectly by leading to lipid peroxidation
[26]. Thus, the SWP-induced decrease in lipid peroxidation
may also account, at least in part, for inhibiting tBHP-induced
increase in protein oxidation. Moreover, Haraguchi et al. [31]
have shown that whey protein precluded increases in muscle
protein carbonyl content in exercised and sedentary animals.

Intriguingly, tBHP treatment did not affect ROS levels.
As we have suggested previously, it seems that although
tBHP produces free radicals, their “free form” cannot be
observed [17]. This may be attributed to the reaction of
free radicals with other molecules in the cells. For instance,
the decrease in GSH and the increase in lipid peroxidation
and protein oxidation after tBHP treatment suggested that
free radicals may react with GSH, lipids, and proteins,
respectively. However, treatment of EA.hy926 cells with SWP
before tBHP administration led to a decrease in ROS levels
up to 58.5% compared to tBHP alone treatment. In one of
our previous studies, we have also found that pretreatment of
C2C12muscle cells with SWP (0.78–6.24mg of proteinmL−1)
decreased ROS levels to 41.3% [16]. Moreover, in another
study, whey protein isolate (pWPI) and whey protein native
hydrolysates (nWPI) at 2mgmL−1 inhibited H

2

O
2

-induced
ROS formation by 76.0% and 32.5%, respectively, in human
colonic adenocarcinoma (Caco-2) cell line [32]. Likewise,
whey protein has been shown to decrease significantly ROS
levels in diabetic rats [28]. The decrease in ROS levels may
be explained by the SWP-induced increase in antioxidant
defense mechanisms such as GSH. Interestingly, recent clin-
ical studies have shown that a whey protein formulation
reduced by almost twofold inflammatory oxidative damage
(IOD) levels [33] and improved vascular functions [33, 34].

Although SWP treatment enhanced antioxidant capacity
of EA.hy926 cells by either increasing antioxidant mecha-
nisms or reducing ROS levels and oxidative stress-induced
damage, these effects were not always dose dependent. Thus,
SWP exhibited dose dependent decrease in ROS and CARB
levels but SWP-induced increase inGSH or decrease inGSSG
and TBARS levels was not dose dependent. This may be
explained by the different mechanisms through which SWP
affects each of the tested oxidative stress markers, and so its
potency differs among the different assays. It seems that in
GSH, GSSG, and TBARS assays, SWP’s activity has already
reached a plateau at the concentrations used and for this
reason a dose dependent effect was not observed. Namely, if
lower than the tested concentrations were used, it may also be
a dose dependent effect in these assays.

In conclusion, the present study showed that SWP was
effective to protect endothelial cells from oxidative stress-
induced damage. SWP exerted its protective activity against
oxidative stress, by increasing GSH levels and decreasing
GSSG, lipid peroxidation, protein oxidation, and ROS levels
in EA.hy926 cells. It should also be mentioned that SWP
concentrations (i.e., from 0.78 to 6.24mg/mL) used were not

cytotoxic. Moreover, in a previous study we have shown that
at these concentrations SWP exhibited strong free radical
scavenging activity and reducing power and enhanced the
antioxidant capacity in mouse myoblastoma C2C12 cells [16].
Also, these concentrations are assimilated to the concentra-
tions found in food. For example, the highest concentration
of SWP was 6.24mg/mL in the cell culture medium. Taken
into account that the total plasma volume in human organ-
ism is about 3.5 L, then the concentration of 6.24mg/mL
of SWP would be achieved theoretically if about 20 g of
SWP is consumed. This amount is within the range of the
recommended intake doses of whey protein.Thus, since these
whey protein concentrations can be found in blood, then
the endothelial cells are possible to be exposed to them,
since they are the main cells of the blood vessel walls. Thus,
the findings of the present study suggest that SWP may be
used as food supplement to attenuate vascular disturbances
associated with oxidative stress.
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Ischemic heart diseases (IHD) have become the leading cause of death around the world, killing more than 7 million people
annually. In IHD, the blockage of coronary vessels will cause irreversible cell injury and even death. As the “powerhouse” and
“apoptosis center” in cardiomyocytes, mitochondria play critical roles in IHD. Ischemia insult can reduce myocardial ATP content,
resulting in energy stress and overproduction of reactive oxygen species (ROS). Thus, mitochondrial abnormality has been
identified as a hallmark of multiple cardiovascular disorders. To date, many studies have suggested that these mitochondrial
proteins, such as electron transport chain (ETC) complexes, uncoupling proteins (UCPs), mitochondrial dynamic proteins,
translocases of outermembrane (Tom) complex, andmitochondrial permeability transition pore (MPTP), can directly or indirectly
influence mitochondria-originated ROS production, consequently determining the degree of mitochondrial dysfunction and
myocardial impairment. Here, the focus of this review is to summarize the present understanding of the relationship between
some mitochondrial functional proteins and ROS production in IHD.

1. Introduction

As the leading cause of fatality worldwide, ischemic heart
diseases (IHD) give rise to widespread loss of cardiomyocytes
and subsequent adverse cardiac remodeling [1]. More than
17 million people had succumbed to IHD in 2008, and
the number was estimated to be 23.6 million by 2030 [2].
Ischemia starves cardiomyocytes of vital oxygen, resulting
in severe or irreversible injury to heart [3]. Abundant lines
of evidence indicate that reactive oxygen species (ROS)
overload that originates from mitochondria is closely linked
with the pathogenesis of cardiovascular diseases, such as
atherosclerosis, myocardial infarction, and heart failure [4].
In myocytes, mitochondria comprise more than 30% cell
volume and generate about 90% of the ATP [5]. Accordingly,
mitochondria are also the major source of ROS in the cardio-
vascular diseases [5, 6]. Numerous experimental and clinical
studies have shown that ROS accumulation is significantly

exacerbated in the failingmyocardium [7]. Chronic exposure
ofmyocytes to ROSwill lead to apoptosis, necrosis, and fibro-
sis, finally causing arrhythmias, impairment of excitation-
contraction coupling, and cardiac remodeling [8–10]. Given
that ROS affect virtually all aspects of cardiac myocyte physi-
ology and that those lines of evidence support the notion that
ROS are increased in IHD, the underlyingmechanisms about
ROS overproduction induced by mitochondrial abnormality
should be further explored.

2. The Electron Transport Chain (ETC)
Complexes and Uncoupling Proteins (UCPs)

Mitochondrial oxidative phosphorylation is the basic mech-
anism of ATP synthesis, in which the five enzyme complexes
I–V in mitochondria are composed of multiple subunits.
The respiratory chain, apart from energy production, plays
a pivotal role in regulation of cardiac oxidative stress [11].
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ETC damage will lead to a robust increase of ROS production
in mitochondria [12]. In ischemic heart, oxygen delivery
to myocardium is not sufficient to meet the demand of
mitochondrial oxidation. Reintroduction of oxygen induced
by reperfusion markedly enhances electron leakage from the
ETC, resulting in overproduction of superoxide (O

2

−) and
O
2

−-derived oxidants [12, 13]. Indeed, reduced activity of
ETC subunits in heart failure patients has been confirmed
independently of the etiology, notably of complex I [14],
complex III [15], and complex IV [16]. Within the ETC,
complexes I/III are regarded as the key contributors to
ROS generation under stressful conditions [17, 18]. In the
setting of myocardial ischemia/reperfusion (MI/R), oxidative
injury of complex I can weaken complex interaction and
enhance ROS production by complex III [19, 20]. Although
the contribution of intact complex II seems to be negligible,
somemutations in subunits of complex II have been linked to
specific forms of cancer or neurodegeneration with increased
ROS generation [21, 22]. Aldakkak et al. [23] revealed that
pharmacologic blockade of electron transport attenuates
ROS-induced cardiac injury. Consistently, nitrite can mod-
ulate mitochondrial resilience to reperfusion injury, perhaps
via inhibiting complex I by posttranslational s-nitrosation to
reduce ROS generation [24, 25]. Moreover, ROS scavenging
ability may be impaired as an evident decrease of MnSOD
activity in failing heart [26]. Coenzyme Q (CoQ) encom-
passes a collection of homologous molecules which consist
of a benzoquinone ring linked to an isoprenoid side chain
[27]. In the quinone form, CoQ serves as an electron carrier
to transfer electrons in the mitochondrial ETC. In the quinol
form (the reduced form of quinone), CoQ represents an
efficient antioxidant in the body [28]. CoQ10 at high doses has
also been proved to regulate gene transcription, including the
genes important in lipid metabolism and the specific genes
induced by ROS-sensitive intracellular pathways [29]. It is
claimed that CoQ10 supplementation to obese rats attenuates
age-related oxidative stress and preserves mitochondrial
function in myocardium [30]. Moreover, CoQ10 deficiency
is detrimental to the prognosis of chronic heart failure, and
plasma concentration of CoQ10may serve as an independent
predictor of mortality [31]. Long-term supplementation of
CoQ10 for patients with heart failure improves symptoms and
reduces major adverse cardiovascular events [32].

In contrast, uncoupling proteins (UCPs) that are located
in mitochondrial inner membrane exhibit opposite func-
tions as complexes mentioned above. UCPs can reduce
mitochondrial ROS production by dissipating the electro-
chemical gradient [33–36]. UCPs overexpression was found
to salvage cardiomyocytes by preserving mitochondrial
integrity [33, 36]. Specifically, mild to moderate mitochon-
drial uncoupling mediated by UCPs protects against MI/R
injury by reducing ROS generation [37]. UCP1, character-
ized in brown adipocytes [38], has close relationship with
endogenous CoQ to influence H+ transport [39]. In the
setting of hypoxia/reoxygenation, UCP1 overexpression con-
fers cardioprotection [33]. The presence of UCP1 mitigates
reperfusion-induced damage, probably by reducing mito-
chondrial hyperpolarization [40]. Moreover, UCP2 overex-
pression can exert cardioprotection perhaps by preventing

mitochondrial Ca2+ overload and attenuating ROS genera-
tion [41]. UCP3 has also been reported to play a critical role
in cardioprotection during oxidative stress by suppressing
detrimental ROS generation and maintaining myocardial
high-energy phosphates [37]. In view of what was mentioned
above, UCPs may be developed as protective targets for IHD
patients.

3. Mitochondrial Dynamic Proteins

In order to adapt to stressful conditions, mitochondria
dynamically undergo fission and fusion [42], which is
basically regulated by some functional proteins [42, 43].
Mitofusin 1/2 (Mfn1/2) and optic atrophy 1 (Opa1) are known
to induce mitochondrial fusion [44, 45], while dynamin-
related protein 1 (Drp1) is identified to interact with fission
protein 1 (Fis1) to promote mitochondrial fission [46, 47]. In
mammalian cells, mitochondrial function is largely governed
by mitochondrial fission and fusion which is an important
factor for the integrity, structure, and function of healthy
mitochondria. Abnormal fission or fusion will impair mito-
chondrial function, for example, resulting in overload of
mitochondrial Ca2+, overproduction of free radicals, alter-
ation of mitochondrial enzymatic activities, and reduction of
ATP production [48].

Recent studies have highlighted the notion that defects
in mitochondrial dynamics are relevant to various human
disorders, including MI/R, heart failure, diabetes, and aging
[49, 50]. Inhibition of mitochondrial fission has been con-
sidered to rescue myocardial infarction/heart failure [7].
The deletion of Mfn1/2 appears to render the heart less
resistant to MPTP opening [51], whereas overexpression of
Mfn1/2 prevents the opening of MPTP and reduces cell
death following ischemia/reperfusion (I/R) [52, 53]. Opa1
mutation in myocardium results in mitochondrial dysfunc-
tion and increases ROS [54], while transfection of Opa1
in vivo protects mice from denervation-induced ischemic
heart damage [55]. Moreover, inhibition of Drp1 significantly
decreased I/R-inducedmitochondrial fragmentation and car-
diomyocytes apoptosis [52, 56]. Cumulative lines of evidence
suggest that impaired mitochondrial dynamics are an early
event in the progression of IHD that involve excessive mito-
chondrial fission and mitochondrial dysfunction, indicating
that dynamics related proteins may be developed as new
therapeutic targets against IHD.

4. The Translocases of Outer
Membrane (Tom) Complex

The translocases of mitochondrial outer membrane (Tom)
complex is a general entry gate for the importing of all
mitochondrial preproteins. It comprises a central channel
(formed by Tom40, Tom5, Tom6, and Tom7) and three
receptors (Tom70, Tom20, and Tom22) [57]. Tom20 and
Tom70 can recognize mitochondrial-targeting sequences on
the precursor proteins and transfer them to Tom22 and the
central channel [57, 58]. Tom20 and Tom22 mainly recog-
nize the presequences of cleavable precursor proteins, while
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Tom70 typically largely recognizes the internal targeting
signals of hydrophobic precursor proteins, many of which are
innermembranemetabolite carriers [58]. In addition, Tom70
can also function as a docking site for cytosolic chaperones,
such as Hsp70 and Hsp90, in order to receive mitochondrial
proteins [59].

It has been reported that mitochondrial Tom20 was
reduced by ischemia, and the maintenance of Tom20 by pre-
conditioning confers cardioprotection via improving mito-
chondrial structure and function [60]. Tom20 can also restore
the translocation of Cx43 to the inner mitochondrial mem-
brane to attenuate ischemic myocardial injury [60]. Con-
versely, proteasome inhibitors, such as MG115, proteasome
inhibitor 1, and lactacystin, lead to higher levels of Tom20
and enhance the perinuclear accumulation of mitochondria,
revealing the influence of cellular redox conditions on mito-
chondrial import [61]. Moreover, Tom70 is obviously sup-
pressed in hypertrophic hearts, and genetic downregulation
of Tom70 worsens pathological cardiomyocyte hypertrophy.
The defective mitochondrial import of Tom70-targeted Opa1
triggered intracellular oxidative stress, which led to a patho-
logical cellular response [62]. Adenosine administration in
ischemicmyocardiummay exhibit protection by inducing the
translocation of PKC𝜀 to mitochondria in a Tom70/HSP90-
dependent manner [63]. However, the detailed mechanisms
about Tom complex in IHD remain obscured to date, so
further studies are needed.

5. The Other Functional
Proteins in Mitochondrion

5.1. Mitochondrial Permeability Transition Pore (MPTP).
MPTP is a nonselective channel locating on the inner
mitochondrial membrane. ROS overproduction and calcium
overload can dissipate the proton electrochemical gradient
and open the MPTP, leading to uncoupling of oxidative
phosphorylation and further production of ROS [64, 65].
The opening of MPTP will release proapoptotic proteins to
induce cell apoptosis or necrosis [13, 65]. Several studies have
demonstrated that MPTP inhibition can mitigate cell loss
in cardiac pathologies, including MI/R [66], heart failure
[67], and diabetic cardiomyopathy [68]. Hausenloy and his
colleagues revealed that inhibition of MPTP opening, during
the first few minutes of reperfusion, protects myocytes from
oxidative stress and finally limits infarct size [69]. However,
Saotome et al. claimed that ROS-induced transient opening
ofMPTP protects from I/R-inducedmyocardium injury [70],
revealing that the specific function of MPTP depends on the
degree and the timing.

5.2. Mitochondrial Ca2+ Uniporter (MCU)/Mitochondrial
Ca2+ Uptake 1 (MICU1)/MICU2. As a universal secondary
messenger, Ca2+ plays a central role in a wide range of cellular
processes, such as muscular contraction, synaptic transmis-
sion, cell migration, and cell proliferation [71]. In the heart,
Ca2+ is central to cardiac excitation-contraction coupling and
signaling networks in the regulation of pathological myocar-
dial growth and remodeling [72]. Accumulating lines of

evidence indicate that Ca2+ overload is linkedwithmitochon-
drial dysfunction, contractile dysfunction, and cell death
[23, 73–77].Thus, maintenance ofmitochondrial Ca2+ home-
ostasis is very important for the survival of cardiomyocytes
under ischemic stress [78]. MCU is an inner mitochondrial
membrane channel responsible for Ca2+ uptake into the
matrix [79]. It plays a fundamental role in the control of
aerobic metabolism as well as apoptosis [80]. MCU blockade
may protect the heart from hypoxia/reoxygenation injury
through suppressing mitochondria-originated production of
ROS [81]. Recently,MICU1 andMICU2 are identified to func-
tion as the gatekeepers ofMCUby the binding of Ca2+ to their
EF hands [82]. AndMICU2’s activity requires the presence of
MICU1 [83]. Under basal cytosolic [Ca2+] condition, Ca2+-
free MICU1 and MICU2 can inhibit MCU function; at very
high cytosolic [Ca2+] condition, all EF hands of MICU1 and
MICU2 bind Ca2+ to activateMCU by dissociation ofMICUs
from MCU complex [82]. Consistently, Mallilankaraman et
al. [84] prove that MICU1 is required to preserve mitochon-
drial [Ca2+], under basal condition. In the absence ofMICU1,
mitochondria suffers Ca2+ overload, leading to excessive ROS
generation. In addition, Patron et al. [85] also reveal that
MICU2 largely shuts down MCU activity at low cytosolic
[Ca2+], whereas in response to high cytosolic [Ca2+], MICU1
appears to stimulate Ca2+ uptake by MCU. Very recently,
Wang et al. claim that Mfn2 overexpression reduces the
expression of MICU1 and MICU2 to trigger influx of Ca2+
into mitochondria [86], revealing the close relationship of
mitochondrial dynamics with Ca2+ homeostasis. However,
the full functions of MICU1 and MICU2 in cardiovascular
diseases remain unclear yet, emphasizing an urgent need for
deep research.

5.3. Connexin 43 (Cx43). Gap junction channels provide
the basis for intercellular communication in cardiovascular
systems, in order to keepmetabolic interchange andmaintain
normal cardiac rhythm. In cardiomyocytes, Cx43 is the most
abundant isoform. The alteration of Cx43 was observed
in myocardium diseases, such as ischemia, hypertrophic
cardiomyopathy, and heart failure [87]. The normal location
of Cx43 at inner mitochondrial membrane is very important
in the synchronization of contraction for cardiomyocytes
[88, 89]. It was suggested that I/R injury is accompanied
with the change of Cx43 expression [90]. Ischemic conditions
can trigger Cx43 hemichannel opening, possibly mediated
by the generation of ROS and nitrogen species [91]. The
protection of preconditioning has been confirmed to depend
on functional Cx43-formed channels [2]. Moreover, Cx43
deficiency will lead to ventricular arrhythmia which is the
major cause of sudden death in heart failure.The proteasome
inhibitor can be used to attenuate the degradation of Cx43
to prevent Cx43-mediated arrhythmia in heart failure [92].
Therefore, Cx43 may be developed as a potential therapeutic
target for cardiovascular diseases [90].

5.4. Signal Transducer and Activator of Transcription 3
(STAT3). As a transcription factor, STAT3 has been impli-
cated to protect hearts from acute ischemic injury under
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Figure 1: Schematic diagram indicatingmitochondrial proteins’ role in ROS generation in ischemic heart diseases. Under ischemic insult, the
generation of ROS significantly increases inmitochondria of cardiomyocytes, which can be directly or indirectly influenced bymitochondrial
functional proteins, including ETC complexes, UCPs, mitochondrial dynamic proteins, Tom complex, MPTP, MCU/MICU1/MICU2, Cx43,
and STAT3. ROS: reactive oxygen species; ETC: electron transport chain; UCPs: uncoupling proteins; Tom: translocases of outer membrane;
MPTP: mitochondrial permeability transition pore; MCU: mitochondrial Ca2+ uniporter; MICU1: mitochondrial Ca2+ uptake 1; MICU2:
mitochondrial Ca2+ uptake 2; Cx43: Connexin 43; STAT3: signal transducer and activator of transcription 3.

stressful conditions [93], and loss of STAT3 will result in
cardiomyopathy [94]. Accumulative lines of evidence also
demonstrated that STAT3 serves as a protective molecule
for the heart in hypertension and advanced age [95]. STAT3
is now known to be present in cardiac mitochondria and
be able to regulate ROS generation and MPTP opening
[96]. Wegrzyn and colleagues have proved that STAT3
deficiency can reduce the activities of complexes I and II
[97]. Szczepanek et al. further revealed that mutation in the
DNA binding domain of mitochondrial-targeted STAT3 can
disrupt ETC activity in the heart [96]. Consistently, STAT3
transgene reduces the vulnerability of cardiac mitochondria
to ischemia by restoring complex I activity and suppressing
ROS generation [98]. Thus, in pathologic settings such
as ischemia or early reperfusion, STAT3 may be an ideal
therapeutic target to protect cardiac mitochondria.

6. Conclusion

In summary, mitochondrial functional proteins play critical
roles in the production of ROS in IHD: (1) the defective
ETC activity, notably of decreased activity of complex I,
may form the pathological foundation for mitochondria-
derived ROS overload; (2) the disruption of mitochondrial
dynamics, especially depressed mitochondrial fusion, will
aggravate mitochondrial ROS production; (3) Tom complex
may possess important property in regulating oxidative
stress, perhaps via influencing the translocation of mito-
chondrial proteins; (4) the other functional factors, such
as MPTP, MCU/MICU1/MICU2, Cx43, and STAT3, play
important roles in preserving mitochondrial integrity and
function, directly or indirectly through inhibiting ROS over-
load (Figure 1).

In recent decades, there has been great progress in screen-
ing, identifying, and developing molecules as therapeutic
targets to preserve mitochondrial integrity and prevent ROS

overload. As we understand more of the distinct abnor-
malities occurring in the mitochondria with IHD, the goal
becomes to develop new methods to mitigate the mitochon-
drial abnormalities. Current medicines, such beta blockers,
statins, and nitrates, have improved the symptoms of IHD
patients; however, these medicines’ effects on mitochondrial
impairment and mitochondrial functional proteins in IHD
are far from clear yet. Undoubtedly, more work is needed
to explore the fundamental roles of mitochondrial proteins
in IHD, because they are attractive mechanistic targets for
cardioprotection.
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[43] M. Liesa,M. Palaćın, andA. Zorzano, “Mitochondrial dynamics
in mammalian health and disease,” Physiological Reviews, vol.
89, no. 3, pp. 799–845, 2009.

[44] T. Koshiba, S. A. Detmer, J. T. Kaiser, H. Chen, J. M. McCaffery,
and D. C. Chan, “Structural basis of mitochondrial tethering by
mitofusin complexes,” Science, vol. 305, no. 5685, pp. 858–862,
2004.

[45] S. Cipolat, O. Martins de Brito, B. Dal Zilio, and L. Scorrano,
“OPA1 requires mitofusin 1 to promote mitochondrial fusion,”
Proceedings of the National Academy of Sciences of the United
States of America, vol. 101, no. 45, pp. 15927–15932, 2004.

[46] E. Smirnova, L. Griparic, D.-L. Shurland, and A. M. van der
Bliek, “Dynamin-related proteinDrp1 is required formitochon-
drial division inmammalian cells,”Molecular Biology of the Cell,
vol. 12, no. 8, pp. 2245–2256, 2001.

[47] Y. Yoon, E. W. Krueger, B. J. Oswald, and M. A. McNiven, “The
mitochondrial protein hFis1 regulates mitochondrial fission in
mammalian cells through an interaction with the dynamin-like
proteinDLP1,”Molecular andCellular Biology, vol. 23, no. 15, pp.
5409–5420, 2003.

[48] P.H. Reddy, “Inhibitors ofmitochondrial fission as a therapeutic
strategy for diseases with oxidative stress and mitochondrial
dysfunction,” Journal of Alzheimer’s Disease, vol. 40, no. 2, pp.
245–256, 2014.

[49] W. W. Sharp, Y. H. Fang, M. Han et al., “Dynamin-related
protein 1 (Drp1)-mediated diastolic dysfunction in myocardial
ischemia-reperfusion injury: therapeutic benefits of Drp1 inhi-
bition to reduce mitochondrial fission,”The FASEB Journal, vol.
28, no. 1, pp. 316–326, 2014.
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The purpose of this study was to evaluate the hepatoprotective effect of an antioxidative nanoparticle (RNPN) recently developed
against APAP-induced hepatotoxicity in mice. The effects of oral administration of RNPN to APAP-treated mice were assessed for
various biochemical liver function parameters: alanine transaminase (ALT) activity, aspartate transaminase (AST) activity, alkaline
phosphatase (ALP) activity, prothrombin time, and serum albumin (ALB) level. The treatment effects were assessed in terms of
free radical parameters: malondialdehyde (MDA) accumulation, glutathione peroxidase (GPx) activity, % inhibition of superoxide
anion (O

2

−∙), and histopathological examination. The N-acetylcysteine (NAC)-treated group exhibited an enhanced prothrombin
time relative to the control group, while RNPN did not prolong prothrombin time. The RNPN-treated animals exhibited lower
levels of ALT, AST, and ALP, while increased ALB levels were measured in these animals compared to those in the other groups.
The RNPN-treated animals furthermore exhibited improved MDA levels, GPx activity, and % inhibition of O

2

−∙, which relate to
oxidative damage. Histological staining of liver tissues from RNPN-treated animals did not reveal any microscopic changes relative
to the other groups. The findings of this study suggest that RNPN possesses effective hepatoprotective properties and does not
exhibit the notable adverse effects associated with NAC treatment.

1. Introduction

Overdoses of acetaminophen (paracetamol, APAP, or N-
acetyl-p-aminophenol) represent one of the most common
pharmaceutical product poisonings in the world [1, 2].
Acetaminophen is widely used as an analgesic and antipyretic
drug; however, it is also the leading major cause of acute liver
failure (ALF) and acetaminophen overdose may lead to liver
transplantation being required or even to death, since the
early signs and symptoms of APAP-induced hepatotoxicity
are not clear [3–8]. The main mechanism of acetaminophen-
induced hepatotoxicity is an increase in oxidative stress and

subsequent saturation of the glucuronidation and sulfation
pathways of hepatic elimination, leading tomoreAPAP being
metabolized to N-acetyl-p-benzoquinone imine (NAPQI).
Finally, GSH depletion (∼70–80%) occurs and NAPQI binds
to liver cells, resulting in hepatotoxicity [9, 10].

N-Acetylcysteine (NAC), a precursor of glutathione
(GSH), is the standard antidote administered to patients
withAPAP-induced hepatotoxicity [11, 12]; however, NAChas
previously been shown to have adverse side effects including
bruising, bleeding, nausea, vomiting, and diarrhea or con-
stipation. Rarely, NAC also causes rashes, fever, headache,
drowsiness, low blood pressure, and liver problems, while
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NAC therapy was also shown to prolong prothrombin time
and should thus be avoided in patients with coagulation
disorders [13, 14]. Since NAC is a low molecular weight com-
pound, it furthermore displays a low stability and nonspecific
distribution in vivo physiological environments, resulting in
a low therapeutic efficacy.

Recently, the development of nanotherapeutic strategies
against APAP-induced liver injury has been the focus of
several research studies [15–18]. We have developed a novel
antioxidative nanoparticle, RNPN, prepared by self-assembly
of an amphiphilic block copolymer, methoxy-poly(ethylene
glycol)-b-poly[4-(2,2,6,6-tetramethylpiperidine-1-oxyl) ami-
nomethylstyrene] (PEG-b-PMNT), which has nitroxide rad-
icals on the side chain of the hydrophobic segment. Due
to its amphiphilic nature, PEG-b-PMNT forms core-shell-
type polymeric micelles with tens of nanometers in size in
aqueous media [19]. We previously confirmed that the PEG-
b-PMNT polymer internalized and circulated in the blood
stream after oral administration of RNPN and is subsequently
disintegrated by the gastric acidity [20]. Since the nitroxide
radicals in the PMNT segment catalytically eliminate reactive
oxygen species (ROS), it functions as a strong antioxidant.
However, due to the high molecular weight of the PEG-b-
PMNT polymer, it is only minimally internalized in healthy
cells, thereby avoiding marked disturbances to normal redox
reactions such as those in the electron transport chain, which
is adversely affected by conventional low molecular weight
antioxidants [21]. On the basis of our previous investigations,
therefore, the effects of RNPN on APAP-induced liver injury
must be investigated. We report here on both the therapeutic
effect and the lack of adverse effects of orally administered
RNPN.

2. Materials and Methods

2.1. Materials. 1,1,3,3-Tetramethoxypropane (TMP), L-gluta-
thione reduced, glutathione peroxidase (GPx), glutathione
reductase (GR), xanthine, xanthine oxidase (XO), 𝛽-nico-
tinamide adenine dinucleotide 2-phosphate reduced tetra-
sodium (𝛽-NADPH) salt, APAP, and NAC were purchased
from the Sigma Chemical Company, St. Louis, MO, USA.
Other chemical reagents were analytical grade and milli-Q
water was used all through the experiments.

2.2. Preparation and Characterization of RNPN. PEG-b-
PMNT was synthesized as previously described [19]. The
molecular weight of the PEG segment and the degree of
polymerization of PMNT were determined as 5,000 and
13, respectively. The RNPN was prepared by self-assembly
of the PEG-b-PMNT using the dialysis method (Figure 1)
and the blank micelle (nRNP) was prepared in the same
way using PEG-b-poly(chloromethylstyrene), a precursor of
PEG-b-PMNT with the same molecular weight. The size and
distribution of the resulting RNPN and the nRNP in aqueous
solution were determined by dynamic light scattering (DLS)
measurements carried out in triplicate. Electron paramag-
netic resonance (EPR) was used to quantify the amount of

PEG 
TEMPO

Dialysis method

NH

N

O∙

n

S

O

S

m

H3C–O

RNPN

PEG-b-PMNT

Figure 1: Schematic illustration of antioxidative RNPN preparation.

2,2,6,6-tetramethylpiperidine-1-oxyl (TEMPO) inside each
RNPN.

2.3. Animal Care Conditions. Animal experiments were
carried out using male CD-1® IGS mice nomenclature:
Crl:CD1(ICR) (10 weeks old, 40–50 g) purchased from
Charles River Japan, Inc. (Yokohama, Japan). The mice (𝑛 =
48) were maintained in the Laboratory Animal Resource
Center, University of Tsukuba (Japan), in six groups. The
animals were housed in stainless steel cages and seven days
prior to the experiment they were acclimated to the standard
laboratory conditions of 23 ± 1∘C, ventilation with relative
humidity of 50 ± 5%, and a 12 h light/12 h dark cycle. The
mice received food and filtered water ad libitum through-
out the study. All animal experiments were undertaken in
accordance with the criteria outlined in the license (numbers
15–434) approved by the Animal Ethics Committees of the
University of Tsukuba.

2.4. APAP-Induced Hepatotoxicity Model. Mice were ran-
domly divided into six groups of 8 animals each:

Group A: control, no treatment.
Group B: 0.9% normal saline (NSS) + APAP 2.5 g/kg
body weight (BW)

(the APAP concentration has been used accord-
ing to our pilot study).
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Figure 2: Experimental design of APAP-induced hepatotoxicity
model.

Group C: N-acetylcysteine (NAC) 600mg/kg BW +
APAP 2.5 g/kg BW.
Group D: low molecular weight (LMW) TEMPO
15.4mM + APAP 2.5 g/kg BW.
Group E: blank micelle (nRNP) 12.5mg/mL + APAP
2.5 g/kg BW.
Group F: RNPN 12.5mg/mL (containing 4-amino
TEMPO 15.4mM) + APAP 2.5 g/kg BW.

Prior to the APAP-induced hepatotoxicity experiments,
blood was collected from the tail veins of all mice to
analyze prothrombin time. All mice in the treatment groups
were orally administered their treatments once daily for 7
days after which hepatotoxicity was induced by oral gavage
of 2.5 g/kg BW of APAP (Figure 2). After 24 h, the mice
were rechecked of prothrombin time and anesthetized with
intraperitoneal (i.p.) injection of pentobarbital 50mg/kg BW.
The blood was drawn and treated with anticoagulant to
allow serum by centrifugation of the blood at 1600 g for
15min at 4∘C in order to determine the liver function.
Animals were then sacrificed and their livers were removed.
Half of each liver was fixed in 10% buffered formalin for
histopathology analysis and the other half was homogenized
(10% w/v) in ice cold phosphate buffer (50mM, pH 7.4).
The liver homogenates were centrifuged at 9,000 g for 15min
at 4∘C and the resulting supernatants were frozen at −80∘C
until being subjected to oxidative stress analysis and lipid
peroxidation assay.

2.5. Lipid Peroxidation (LPO) Assay. The levels of malon-
dialdehyde (MDA), the product of lipid peroxidation, were
assessed based on the method described by Ohkawa et al.
[22]. Briefly, the samples were treated with thiobarbituric
acid (TBA) to allow for thiobarbituric acid reactive substance
(TBARS), a pink complex and indicator of lipid peroxidation,
to be quantified. Absorbance levels at 532 nm were measured
by spectrophotometer and the arbitrary values obtained were
related to MDA concentration (nmol/g tissue) using a stan-
dard curve generated from the absorbance values obtained
for standard solutions of 1,1,3,3-tetramethoxypropane (TMP).

2.6. Glutathione Peroxidase (GPx) Assay. GPx activity was
determined according to the method described by Hussain et
al. [23]. Glutathione peroxidase (GPx) is a radical-scavenging
enzyme that catalyzes the reduction of hydrogen peroxide

(H
2
O
2
) and lipid peroxide (ROOH) using glutathione (GSH),

resulting in the formation of oxidized glutathione (GSSH)
and H

2
O. Glutathione reductase (GR) subsequently catalyzes

GSSH by reacting with nicotinamide adenine dinucleotide
phosphate (NADPH) yielding GSH and NADP+. The gen-
eration of NADP+ was measured spectrophotometrically at
340 nm relative to a blank sample and a standard curve was
generated from GPx solutions. GPx activity was expressed as
units/mg protein, where protein concentrationwasmeasured
using the method of Lowry et al. [24].

2.7. Superoxide (𝑂2−∙) Anion Assay. The O
2

−∙ levels in the
samples were determined by spectrophotometric measure-
ment based on the xanthine/xanthine oxidase (XO) sys-
tem involving the conversion of yellow nitro blue tetra-
zolium (NBT) to blue formazan. Reactions contained EDTA,
NBT, xanthine, XO, and samples were assessed at 560 nm
relative to a standard curve generated using 4-hydroxy-
2,2,6,6-tetramethylpiperidin-1-oxyl (TEMPOL). Data were
expressed as % inhibition of O

2

−∙ [25].

2.8. Biochemical Assays in Plasma. Blood for biochemical
analysis was collected of 100𝜇L from the animals prior
to treatment via the lateral tail vein and 500 𝜇L after
APAP-induced hepatotoxicity induction through heart. The
blood was centrifuged (1600 g, 15min, 4∘C) to isolate the
serum, which was subsequently analyzed with a FUJI DRI-
CHEM 7000V (Fujifilm, Japan) for biochemical liver activ-
ities of albumin (ALB), alkaline phosphatase (ALP), aspar-
tate aminotransferase (AST), and alanine aminotransferase
(ALT).

2.9. Liver Histopathology. The liver tissues fixed in 10%
neutral buffered formalin solution were cleaned in running
water before being processed for further histopathological
examination. Paraffin-embedded tissues were sectioned (5
𝜇m thickness), stained with hematoxylin and eosin (H&E),
assessed for histopathological changes by light microscopy,
and graded blindly and independently using the modified
method described by Wood et al. [26]. Grades (0–5) were as
follows: 0, no lesions; 1, minimal lesions, only necrotic cells
at the first cell level from the central vein; 2, mild lesions,
necrotic cells extending two to three cell levels from the
central vein; 3, moderate lesions, necrotic cells extending
three to six cell levels within peripheral distribution; 4,
marked lesions, the same as in 3 but with necrosis extruding
to another central vein; and 5, lesions more severe than those
in 4, with progressive centrilobular necrosis throughout the
section.

2.10. Statistical Analysis. Data are expressed as mean ± SEM.
Groups were compared by one-way analysis of variance
(ANOVA) followed by a post hoc multiple comparison test
(Tukey’s method) using SPSS version 16.0. Differences with
𝑝 < 0.05 were considered statistically significant.

3. Results
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Figure 3: Size distribution of RNPN (a) and nRNP (b) assessed by dynamic light scattering (DLS).

3.1. The Size and Distribution of RNPN and nRNP. The
DLS measurements confirmed the unimodal distribution of
nanoparticles in the nanometer size range with no particle
aggregation (Figure 3).Theparticle size and distributionwere
found to be 22.140±0.307 nmand 0.139±0.008 for RNPN and
58.853 ± 0.696 nm and 0.205 ± 0.004 for nRNP, respectively.
From the EPR spectrum of RNPN, the amount of nitroxide
radical in RNPN (12.5mg/mL) was 15.4mM.

3.2. Effects ofRNPN on SerumALB, ALP, ALT, andAST Levels.
Hepatotoxicity was determined by quantitative analysis of
ALB, ALT, AST, and ALP levels as shown in Figure 4. Serum
ALB, ALT, AST, and ALP levels in control mice were 1.9875±
0.2997 g/dL, 23.75±4.301U/L, 91.25±7.995U/L, and 177.5±
10.915U/L, respectively. The NSS + APAP-treated group
exhibited decreased ALB levels, while the ALT, AST, and
ALP levels in the serum of the animals in this group were
significantly elevated compared to those measured for the
control group (𝑝 < 0.001). Interestingly, the ALT, AST, and
ALP levels in the RNPN + APAP-treated animals did not
differ from those in the NAC + APAP-treated group but
differed significantly from those in the NSS + APAP-treated
group (𝑝 < 0.001), indicating that RNPN suppressed the
adverse effects of APAP in mice. Despite the same dose of
nitroxide radicals being administered in both groups, the
protective effect of RNPN was stronger than that of the low
molecular weight (LMW) TEMPO, especially in terms of
ALT, AST, and ALP levels.

3.3. Effects of Treatments on Prothrombin Time. All blood
samples were tested for prothrombin time (Figure 5). The
NAC + APAP-treated animals exhibited a significantly pro-
longed prothrombin time (24.778 ± 3.308 s) compared with
the prothrombin times measured in the control (13.444 ±

0.882 s) and NSS + APAP (13.375 ± 1.84 s) group animals
(𝑝 < 0.001). Prothrombin time, one of the major side
effects of NAC, results in hepatocellular necrosis or dissem-
inated intravascular coagulation (DIC). Interestingly, RNPN
+ APAP treatment did not prolong prothrombin time despite
exhibiting strong therapeutic effects as stated above.

3.4. Effects on MDA Levels, GPx Activity, and % Inhibition
of 𝑂2−∙. The levels of MDA, the GPx activity, and the %
inhibition of O

2

−∙ measured in the livers of all groups are
presented in Figure 6. Liver MDA levels were found to be
elevated in theNSS +APAP group compared with the control
group, whileGPx activity and% inhibition ofO

2

−∙ were lower
in the NSS + APAP group compared with the control group
(13.251±0.365 nmol/mg tissue versus 5.784±1.015 nmol/mg
tissue, 1.660 ± 0.207 units/mg protein versus 3.489 ± 0.168
units/mg protein, and 21.604±1.969%versus 47.237±3.505%,
resp.; 𝑝 < 0.001). Remarkably, RNPN + APAP induced a
noticeable decrease in MDA levels relative to control levels,
whereas GPx activity and % inhibition of O

2

−∙ were found to
be elevated in the RNPN + APAP group compared with the
control group (7.558 ± 1.101 nmol/mg tissue versus 13.251 ±
0.365 nmol/mg tissue, 3.178 ± 0.201 units/mg protein versus
1.660 ± 0.207 units/mg protein, and 44.881 ± 1.749% versus
21.604 ± 1.969%, resp.; 𝑝 < 0.01). No significant differences
in the MDA levels, the GPx activity, and the % inhibition of
O
2

−∙ were observed between the RNPN + APAP- and NAC +
APAP-treated groups. These findings again demonstrate the
protective effect of RNPN to be significantly stronger than
that of LMW TEMPO.

3.5. Histopathological Examinations of APAP-Induced Liver
Toxicity. After seven days of treatment, liver tissues were
taken from the animals of all groups and were subjected
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Figure 4: Biochemical liver function in terms of (a) ALB, (b) ALT, (c) AST, and (d) ALP activities after treatment for 7 days and APAP-
induced hepatotoxicity. Data were expressed as mean ± SEM, ∗versus control group, 𝑝 < 0.001; ∗∗versus control group, 𝑝 < 0.01; #versus
NSS + APAP-treated group, 𝑝 < 0.001; oversus RNPN + APAP-treated group, 𝑝 < 0.05; 𝑛 = 8mice/group.

to histological analysis (Figure 7). The livers from the ani-
mals in the control, NAC + APAP, and RNPN + APAP
groups had an overall smooth appearance and normal
color. The control group livers were further found to have

normal lobular morphology and hepatocytes with well-
defined sinusoids (Figure 7(a)). The hepatic injury in the
mice treated with APAP (2.5mg/kg BW dissolved in normal
saline) manifested as inflammatory infiltration, swelling,
hemorrhage, and necrosis involving mainly the centrilobular
zone (Figure 7(b)). Mild congestion of sinusoidal spaces was
observed in the centrilobular area of the livers of NAC
+ APAP-treated mice (Figure 7(c)). The livers of the mice
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Figure 5: Effects of treatments on prothrombin time after treatment
for 7 days. Data represent mean ± SEM, ∗versus control group,
𝑝 < 0.001; #versus NSS + APAP-treated group, 𝑝 < 0.001; 𝑛 = 8
mice/group.

treated with LMW TEMPO and nRNP appeared hyper-
emic, mottled and were fragile (Figures 7(d) and 7(e)).
Remarkably, the livers of the mice treated with RNPN did
not reveal any significant microscopic changes relative to
control tissue (Figure 7(f)). These findings are in agreement
with the histopathological scale analysis of the liver sections
(Figure 8): the RNPN-treated group exhibited significantly
less severe hepatic injury than the NSS, TEMPO, and blank
micelle-treated groups (𝑝 < 0.001).

4. Discussion

The nanoparticle is one of the novel drug carriers for thera-
peutic and diagnostic objectives which has several potential
effects in improving accumulation and bioavailability of drug
in target side thereby suppressed immunogenicity or drug
resistance and finally reducing adverse effects. Additionally,
nanoparticles also promote drug solubility, controlled and
sustained drug release, decreased drug elimination, and
delivered more drugs combination treatment for synergistic
effect [27–29].

Liver injury induced by APAP is one of the most causes
of ALF worldwide and the mortality rate of ALF is ∼20–
40% [3, 4]. Characteristics of APAP-induced ALF include
high levels of liver ALT, AST, and ALP enzymes after 24–72 h
[30, 31]. Here, we show that NSS + APAP treatment raises
the levels of ALT, AST, and ALP, while lowering the level of
ALB, indicating successful preparation of the APAP-induced
hepatotoxicity model. Treatment with NAC or RNPN, on
the other hand, was shown to suppress these APAP-induced
increases. Treatment with LMW TEMPO and nRNP did not

have the same suppressive effect. In addition, our previous
research finding found that RNPN at dose of 300mg/kg BW
via oral administration for 1 month in mice did not show any
toxicity in several organs including liver [20].

At therapeutic doses, about 90% of APAP is elimi-
nated via sulfation or glucuronidation pathways [32, 33]
and another 5% is metabolized by cytochrome P450 2E1
(CYP2E1) toNAPQI [34, 35].TheNAPQI subsequently binds
to glutathione (GSH) to produce mercuric acid and cysteine
conjugates before being eliminated from the body [11]. An
overdose of APAP may result in the depletion of GSH and
cause NAPQI-induced hepatic cell injury [11, 36–39]. Our
GPx activity results showed that RNPN treatment increased
GPx activity compared to treatment with NSS, TEMPO, or
nRNP, indicating the elevation of GSH level like NAC-treated
group.

The production of ROS including hydrogen peroxide,
hydroxyl radicals, and superoxide anions can be enhanced
by NAPQI. Lipid peroxidation, DNA, and protein oxidation,
as well as a decrease in radical-scavenging enzymes of GPx
and superoxide dismutase (SOD) have also been reported
in APAP-induced liver injury [40–42]. This mechanism has
been proposed as a key player in the oxidative stress and
hepatic injury in APAP-induced hepatotoxicity [39–43] and
we thereforemeasured lipid peroxidation, and% inhibition of
O
2

−∙ in this study to confirm ROS production in our APAP-
induced hepatotoxicity model. Interestingly, treatment with
RNPN was found to diminish lipid peroxidation compared to
treatment with NSS, TEMPO, or nRNP, while % inhibition
of O
2

−∙ was also higher in the RNPN-treated group com-
pared with the NSS-, NAC-, TEMPO-, and nRNP-treated
groups. Although LMW TEMPO, like RNPN, possesses ROS
scavenging activity, the scavenging efficiency of the LMW
TEMPO is lower than that of the RNPN, probably due to the
rapid elimination, easy metabolism, and marked disturbance
of normal redox reaction in normal cells. We have previ-
ously reported that only 5–7% of PEG-b-PMNT internalizes
in blood stream by oral administration [20]. Prolonged
circulation tendency of the internalized PEG-b-PMNT in
blood stream might improve an access to liver tissue, which
might improve therapeutic efficiency as comparedwith LMW
TEMPO.

The standard treatment for APAP-induced liver toxicity
is NAC, which acts as a GSH precursor to increase the
GSH reservoir. Treatment with NAC, however, triggers an
impaired coagulation cascade, which is the reason why
prothrombin time was assessed in this study. Mice in the
NAC + APAP-treated group were shown to have significantly
prolonged prothrombin times compared to other groups (𝑝 <
0.001), while themice in the RNPN +APAP-treated group did
not exhibit this side effect.

The findings from the hepatic function analyses in
this study were confirmed by the histopathological changes
observed by microscopic analysis. In the NSS + APAP,
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Figure 6: Effects of treatment for 7 days on (a)% inhibition ofO
2

−∙, (b) GPx activity, and (c)MDA levels. Data representmean± SEM, ∗versus
control group, 𝑝 < 0.001; ∗∗versus control group, 𝑝 < 0.01; #versus NSS + APAP-treated group, 𝑝 < 0.01; oversus RNPN + APAP-treated
group, 𝑝 < 0.05; 𝑛 = 8mice/group.

TEMPO + APAP, and nRNP + APAP groups, inflamma-
tory infiltration of lymphocytes, vacuolation, swelling, and
centrilobular necrosis were observed, while pretreatment
with RNPN and NAC was found to prevent these histo-
logical changes. Mice in the NAC + APAP-treated group,
however, exhibited mild changes in hepatocyte and sinusoid
arrangement. Furthermore, the previous study showed that
the RNPN treatment ameliorates nonalcoholic steatohepatitis
NASH fibrosis via the decrease of hepatic stellate cell activa-
tion marker of alpha-smooth muscle actin (𝛼-SMA) [44].

We report here that RNPN successfully ameliorated
APAP-induced hepatotoxicity in mice as demonstrated by

decreased levels of the hepatic injury markers ALT, AST,
and ALP and increased ALB levels. The observed protective
effects of RNPN may be due to antioxidant effects as shown
by the reduced lipid peroxidation, increased GPx activity,
and increased % inhibition of O

2

−∙. The histopathological
analysis conducted in this study did not reveal any toxicity
by RNPN. Therefore, the patients who are long-term users
of APAP need to suppress liver damage. So, combination of
APAP with RNPN is also very interesting strategy to suppress
hepatotoxicity.
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Figure 8: Histopathological changes in liver tissue due to APAP-
induced hepatotoxicity. Data representmean± SEM, ∗versus control
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5. Conclusion

The findings of this study indicate that RNPN has a hep-
atoprotective effect against APAP-induced liver injury via
antioxidant properties decreasing lipid peroxidation while
increasing GPx activity and the % inhibition of O

2

−∙. Treat-
ment with RNPN furthermore shows no side effect of coag-
ulation cascade impairment, indicating that RNPN may be
a more effective treatment for APAP-induced hepatotoxicity
thanNAC.Our findings lead us to conclude that antioxidative
nanomedicine is a promising strategy for improving thera-
peutic effects by suppressing disturbances of normal redox
reactions in healthy cells.
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Reactive oxygen species (ROS) and reactive nitrogen species (RNS) targeting mitochondria are major causative factors in disease
pathogenesis. The mitochondrial permeability transition pore (PTP) is a mega-channel modulated by calcium and ROS/RNS
modifications and it has been described to play a crucial role in many pathophysiological events since prolonged channel
opening causes cell death. The recent identification that dimers of ATP synthase form the PTP and the fact that posttranslational
modifications caused by ROS/RNS also affect cellular bioenergetics through the modulation of ATP synthase catalysis reveal a
dual function of these modifications in the cells. Here, we describe mitochondria as a major site of production and as a target of
ROS/RNS and discuss the pathophysiological conditions in which oxidative and nitrosative modifications modulate the catalytic
and pore-forming activities of ATP synthase.

1. Introduction

Reactive oxygen species (ROS) and reactive nitrogen species
(RNS) play important physiological functions but can also
cause extensive cellular damage, in a balance that is deter-
mined by their relative rates of formation and removal.
Usually, these species are removed rapidly before they cause
cell dysfunction and death. Oxidative/nitrosative stress gen-
erated by an imbalance between formation of ROS/RNS
and antioxidant defense capacity can affect major cellular
components, including lipids, proteins, carbohydrates, and
DNA.Mitochondria are recognized as a critical site in the cell
for the formation of ROS/RNS and as their target.

Mitochondrial processes are highly compartmentalized
because of the existence of two limiting membranes allowing
the selective localization of proteins, nucleotides, and coen-
zymes in the intermembrane and matrix spaces. The outer
mitochondrial membrane (OMM) is the interface between
mitochondria and the cell components and its permeabi-
lization is essential to allow the release of mitochondrial
proteins involved in apoptosis such as cytochrome c [1]. The
inner mitochondrial membrane (IMM), whose permeability
to solutes is controlled by highly specific transporters and
tightly regulated channels, is the site of coupling between

substrate oxidation and ATP synthesis in the process of
oxidative phosphorylation. Mitochondria operate a sequence
of energy conversion processes through which the exergonic
flow of electrons along the respiratory complexes supports
the endergonic pumping of protons from the matrix to the
intermembrane space. The resulting proton motive force
drives the rotation of the FO sector of ATP synthase leading
to the synthesis of ATP in the F

1
sector, but the electron

flow through the respiratory chain also generates ROS/RNS.
In addition, the mitochondrial permeability transition pore
(PTP), a large-conductance channel, is also located at the level
of the IMM and prolonged opening of this channel leads to
mitochondrial swelling, rupture of the OMM, and cell death
[2]. PTP opening is dependent on the presence of matrix
calcium, but the threshold calcium load which is required
is modulated by inducers of the pore such as oxidants [3].
Although the existence of the PTP was established as early
as the 1970s [4–6], its molecular nature has been the subject
of controversy as many potential components were ruled
out by the use of targeted gene deletion in mice [2]. The
only candidate remaining is cyclophilin D (CyPD), which
was found to act not as a structural component of the pore
but as a modulator whose binding to the PTP decreases
the threshold calcium concentration necessary to induce
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permeability transition [7–10]. CyPD was shown to interact
with the lateral stalk of the ATP synthase in mammals
[11], a finding which was the basis for the characterization
of the molecular structure of the PTP as formed by ATP
synthase itself [12–16]. Genetic ablation of the Ppif gene
(which encodes for CyPD) in the mouse or its displacement
from the PTP by the treatment with cyclosporin A (CsA), a
known inhibitor of the PTP, has been also used to demon-
strate the important role of PTP in the pathophysiological
mechanism of several diseases such as neurodegenerative
diseases, muscular dystrophies, ischemia/reperfusion (I/R),
and diabetes [2, 17, 18]. Besides the PTP, mitochondrial
function and bioenergetics (including the modulation of the
catalytic activity of ATP synthase) are also affected in most
of these pathophysiological conditions and ROS/RNS are
presumably involved as causative factors.

While numerous mechanisms of oxidant-induced injury
have been identified, the impact of oxidants on themitochon-
drial proteome has been investigated only recently. Oxidative
or nitrosative stressmay not only alter levels ofmitochondrial
proteins, but also induce posttranslational modifications of
proteins. These modifications involve reversible changes at
the level of cysteine, tyrosine, methionine, histidine, and
tryptophan residues and irreversible protein carbonylation
[19]. Thiol groups can be S-nitrosylated by nitric oxide (NO)
or reversibly oxidized by ROS to form disulfide bonds or
sulfenic acid; the latter can be further oxidized to sulfinic
and sulfonic acids [20]. Sulfenic acid can also interact with
glutathione to become glutathionylated. Tyrosine residues
instead are target for peroxynitrite (ONOO−) which leads to
irreversible formation of 3-nitrotyrosine. All these modifi-
cations lead to changes in protein structure and/or activity,
thereby affecting their roles in cell function. In this review
we discuss the role of mitochondria as a source and target of
ROS/RNS during the switch between cell death and survival.
Wewill focus on the effects of these reactive species on critical
ATP synthase amino acid residues as part of the mechanism
affecting ATP synthesis and/or permeability transition.

2. Mitochondria Are Sources of ROS/RNS

Anumber of sites responsible for ROS/RNS formationwithin
the cell have been identified and shown to play a role in
different pathologies. NADPH oxidases, xanthine oxidase,
uncoupled nitric oxide synthase (NOS), and mitochondria
are all relevant sources of ROS that in certain pathological
conditions contribute to oxidative damage of cells and tissues.
Indeed, these processes have been identified as disease-
relevant enzymatic sources of ROS and their inhibition has
been shown to afford protection in a number of diseases both
in experimental models and in patients [21, 22].

2.1. Mitochondrial Sources of ROS. It is well accepted that
mitochondria are a major source of ROS in the cell. These
organelles contain several enzymes that catalyze ROS for-
mation either as the obligatory product or as the result of
an occasional, possibly undesired, reaction [23]. The best
example of “accidental” ROS formation is represented by
the mitochondrial respiratory chain. A small fraction of the

electrons (about 0.1%) flowing through the respiratory chain
is diverted causing the partial reduction ofO

2
into superoxide

[24]. This process occurs at the level of the first three com-
plexes where flavins or quinones are able to act as single elec-
tron donors.The electron detour at these sites is favoredwhen
flow is hampered downstream as a result of either protein
alterations in respiratory complexes or their inhibition.Other
mitochondrial enzymes, such as flavin containing glycerol-
3-phosphate-, proline-, and dihydroorotate-dehydrogenase,
and the electron transferring flavoprotein/ETF:Q oxidore-
ductase system of fatty acid 𝛽-oxidation have also been
described as potential ROS producers [25]. Nevertheless, all
these enzymes and respiratory complexes normally catalyze
reactions required for energy metabolism, cell function, and
viability maintenance, making it difficult to envision their
inhibition as a potential therapeutic tool.

Mitochondria also contain other enzymes that may gen-
erate hydrogen peroxide (H

2
O
2
) as a direct and obligatory

product. One such example is p66Shc, cytosolic adaptor
protein that upon stress translocates to mitochondria where
it catalyzes electron transfer from cytochrome c to oxygen, a
process that can result in the formation of ROS [37]. Genetic
deletion of p66Shc protects against I/R injury in mice [38, 39],
obesity [40], and diabetic complications such as cardiomy-
opathy [41], nephropathy [42], delayed wound healing [43],
pancreatic cell death [44], and endothelial dysfunction [45].
On the other hand, the observation that mice lacking p66Shc
actually live shorter when exposed to natural conditions
(low temperatures and food competition) [46] may suggest
that p66Shc dependent ROS also serve a physiological role.
NADPH oxidase 4 (Nox4), an enzyme belonging to the
NADPH oxidase family, is another ROS generating enzyme
that has been reported to localize in the plasma membrane
and apparently also in the mitochondria, focal adhesions,
nucleus, and endoplasmic reticulum [47]. This enzyme asso-
ciates with p22phox for its activation; it is constitutively active,
and, unlike othermembers of theNox family, generates H

2
O
2

rather than superoxide [47, 48]. However, the relevance of
Nox4 for mitochondrial ROS generation remains controver-
sial. A recent study has shown that Nox4 can (in principle)
interact with complex I subunits, but under physiological
conditions Nox4 protein or ROS formation could not be
detected in kidney or heart mitochondria [49]. Other studies
have shown that cardiac-specific targeting of Nox4 can be
both protective and harmful in different models of cardiac
pressure overload [50, 51]. Moreover, while certain studies
reported Nox4 to be deleterious, contributing to mitochon-
drial dysfunction and several pathologies such as ischemic
stroke [52], diabetic cardiomyopathy [53], vascular inflam-
mation, and remodeling [54], others concluded that Nox4
might be vascular-protective rather than vascular-damaging
[55].These apparently contradictory findings reflect the need
for further investigation in order to address the pathophysi-
ological role and regulation of Nox4. Another major source
of H
2
O
2
in the mitochondria is monoamine oxidase (MAO).

Activation of this enzyme, localized at the level of the OMM,
leads to H

2
O
2
formation and has been shown to contribute to

neuronal disorders, such as Parkinson’s (PD) or Alzheimer’s



Oxidative Medicine and Cellular Longevity 3

disease (AD), most likely due to formation of ROS respon-
sible for oxidative damage to neurons [56]. In recent years,
the contribution of MAO to oxidative stress that ultimately
leads to mitochondrial dysfunction and cell damage has been
demonstrated also in the cardiovascular field where MAO
inhibition has been shown to be protective in I/R injury,
pressure overload, vascular damage, and diabetes [23, 57–62].

2.2. Mitochondrial Sources of RNS. In addition to ROS, cells
are also capable of generating RNS. NOS exist in three iso-
forms (endothelial (eNOS), neuronal (nNOS), and inducible
(iNOS)) which catalyze the conversion of L-arginine into
citrulline and NO. This reaction also requires flavin adenine
dinucleotide, flavin mononucleotide, tetrahydrobiopterin
(BH4), heme, and calmodulin.These cofactors are important
(e.g., when BH4 levels are limited) because NOSmay become
uncoupled and generate superoxide instead of NO [63, 64].
Another possibility is that, in conditions of high oxidative
stress, NO and superoxide interact to generate ONOO−, a
very reactive species capable of nitrating tyrosine residues,
thus amplifying oxidative damage.

It is generally accepted that NO has protective effects
on mitochondria although it remains unclear whether mito-
chondria actually possess a mitochondrial NOS [65–69].
Nevertheless, in addition to being generated by NOS, NO can
be formed from dietary inorganic nitrite (NO

2

−) and nitrate
(NO
3

−) [70]. Several in vitro studies have demonstrated that
mitochondria are able to metabolize NO

2

− into NO, since
cytochrome c and respiratory chain complexes III and IV
possess nitrite reductase activities that can be stimulated
under hypoxic or acidic conditions [71–73]. Either way, the
bioactivity of newly synthesized NO is rapidly terminated by
its oxidation into NO

2

− and NO
3

−, thus completing the NO
cycle. The protective effects exerted by NO on mitochondria
are due to S-nitrosylation of critical cysteine residues. One
such example is represented by the mechanism through
which MitoSNO, a mitochondria selective S-nitrosylating
agent, affords protection in cardiac I/R injury in vivo [74].
Administration of MitoSNO within the first minutes of
reperfusion temporarily inhibits complex I and thus blocks
the reverse electron flow that leads to generation of ROS,
oxidative damage, and tissue necrosis [74, 75]. The inhibition
of complex I is due to S-nitrosylation of a critical cysteine
residue (Cys39) within the ND3 subunit, underlining the
importance of (i) the reversibility of cysteine modification
and (ii) mitochondria as both source and target of ROS/RNS.
This latter notion is further supported by the observations
that mice lacking Mn superoxide dismutase (SOD), enzyme
responsible for conversion of superoxide into H

2
O
2
, develop

ROS toxicity and dilated cardiomyopathy [76] and that tar-
geting catalase expression in mitochondria affords beneficial
effects in a number of pathologies [77–80].

3. The Role of ATP Synthase in
Mitochondrial ROS Formation

Recent evidence suggests that ATP synthase activity can
modulate ROS formation in mitochondria. Although not
a direct source of ROS, ATP synthase is able to regulate

energy metabolism and modulate pathways leading to ROS
formation, cell death, and survival. A recent study by Ni
et al. [81] very elegantly showed that 𝛼 subunit is a target
for calpain-1 in diabetic hearts, leading to its proteolytic
degradation, reduction in ATP synthase activity, increase in
mitochondrial superoxide formation, and diabetic cardiomy-
opathy in mice. Indeed, genetic inhibition of calpain-1 or
upregulation of 𝛼 subunit increased ATP synthase activity
and reduced mitochondrial ROS generation and all the
downstream changes occurring in diabetic hearts. It is likely
that, besides insufficient ATP production that can directly
contribute to myocardial dysfunction, disruption in ATP
synthase activity leads to the accumulation of the electrons
in the upstream complexes of the respiratory chain, pro-
moting superoxide generation through complexes I and III
[81].

Whereas inhibition of ATP synthase in normal cells leads
tomitochondrial oxidative stress and cell death [81–83], most
cancer cells are highly glycolytic and have adopted several
molecular strategies to reduce oxidative phosphorylation
including ATP synthase activity inhibition [84, 85], thus
modulating the level of ROS in mitochondria. This does not
only occur through downregulation of ATP synthase, but
also through overexpression of its inhibitor protein (IF

1
)

[86]. IF
1
is the endogenous inhibitor of ATP synthase that

reversibly binds to the enzyme. Its binding is promoted by
low matrix pH and membrane potential, thereby limiting
ATP hydrolysis and energy dissipation [87, 88]. In fact, its
role has been extensively studied in myocardial ischemia and
ischemic preconditioning (IPC), since IF

1
seems to mediate

ATP synthase inhibition and thus sparing of ATP during
myocardial preconditioning [89–92]. Moreover, IF

1
seems to

regulate the oligomeric state of ATP synthase, increasing the
density of cristae and formation of ATP synthase dimers [93–
96]. Mitochondria from different types of carcinoma show
a remarkable increase in IF

1
expression [86] that has been

linked to the inhibition of ATP synthase, glycolytic switch
in energy metabolism, and production of ROS [97–99]. A
critical role of the phosphorylation status of IF

1
has been

recently suggested in the modulation of ATP synthesis and
respiration in tumors and heart [100]. ROS generated when
ATP synthesis is inhibited are used as nuclear signals to
initiate transcription of genes necessary to support tumor
development [86, 97]. Indeed, IF

1
triggers ROS-induced

activation of transcription factors (such as NFkB and HIF1𝛼)
in cancer cells causing enhanced proliferation, invasion, and
survival [97]. These findings highlight how cancer cells, as
opposed to normal cells, rely on a subtle mechanism of redox
equilibrium: on the one hand, ROS enhance proliferation
and favor genomic instability by damaging DNA, while on
the other hand, excess ROS is harmful as it could promote
PTP opening and cell death [101]. Moreover, it is tempting
to speculate that PTP might be differently modulated by
IF
1
and CyPD in cancer cells, as observed for CyPD in

osteosarcoma and prostatic cell models [102]. This suggests
that this different PTP modulation might render cancer cells
more resistant to cell death. Nevertheless, the ROS signaling
pathways triggered by IF

1
overexpression in many other

cancer types still remain to be elucidated.
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4. Mitochondrial ROS/RNS Induce
Posttranslational Modification of ATP
Synthase Residues

ROS/RNS induced posttranslational modifications are
known to modulate the catalytic activity of ATP synthase in
several pathophysiological conditions. Matrix calcium levels
and oxidative/nitrosative stress play a crucial role also in the
modulation of PTP. Recent finding that ATP synthase dimers
form the PTP [12] makes the identification of the sites
involved in the two different functions of ATP synthase
more feasible (Figure 1). The most frequently modified sites
of ATP synthase possibly involved in mitochondrial patho-
physiology are listed in Table 1.

4.1. Matrix Residues. Critical thiols facing the matrix are
involved in the modulation of ATP synthase catalysis. H

2
O
2

inactivates F
1
-ATPase activity from bovine heart through

formation of iron-protein adducts [103]. ROS- and RNS-
mediated modifications responsible for ATPase inactivation
are mostly localized at the level of cysteine residues in the 𝛼
and 𝛾 subunits [104]. A special feature of higher plant CF

1
-

ATPase is a regulatory domain in the 𝛾 subunit consisting
of three methionines and a cysteine that were identified by
mass spectrometry to be oxidized by ROS. Reduction of the
disulfide bonds of 𝛾 subunit elevates ATP hydrolysis and
synthesis [105].

Although in mammalian cells the chloroplast redox-
sensitive 𝛾 subunit region is not present, mitochondrial
ATP synthase F

1
domain might be a major site for oxida-

tive/nitrosative posttranslational modifications. Garcia et al.
[27] have reported that 𝛼 subunit is S-glutathionylated under
oxidative stress in rat brain or liver mitochondria leading
to decreased ATPase activity. The same inhibitory effect due
to 𝛼 subunit S-glutathionylation was observed in transgenic
mouse hearts overexpressing iNOS [28]. Sun et al. [29], on the
other hand, reported inhibition of ATPase activity which is
protective in preconditionedmouse hearts duringmyocardial
ischemia due to 𝛼 subunit S-nitrosylation and an additive
cardioprotective effect of this posttranslational modification
which causes desensitization of the PTP [30]. An age-
associated decline of ATPase activity due to carbonylation of
𝛼 subunit was also observed inmouse skeletalmuscle [31]. An
indirect effect of ROS on 𝛼 subunit was also found follow-
ing H

2
O
2
treatment of mitochondria that caused tyrosine-

phosphorylation of 𝛼 (but not 𝛽) chain [32].This is likely due
to the inactivation of phosphatases mediated by H

2
O
2
[106].

Two disulfide bonds were identified between cysteines
of ATP synthase 𝛼 and 𝛾 subunits and between those of 𝛼
subunits in heart failure [26] and both S-glutathionylation
and S-nitrosylation of 𝛼-cysteine 294 (corresponding to
bovine Cys251, Figures 1 and 2) can prevent the formation of
these disulfide bridges. Other selective targets of ROS in the
matrix are tryptophan residues of d subunit of ATP synthase
inmammals [36] or tryptophan 503 of𝛼 subunit in Podospora
anserina [107]. In bovine heart mitochondria treated with
ONOO−, 3-nitrotyrosine modified residues were identified
at the level of 𝛽 and d subunits of ATP synthase [108, 109].
Although it is not yet known which of the tyrosine residues

present in this subunit were modified, one might speculate
that Tyr345 and Tyr368 in the 𝛽 subunit are involved, since
they have been suggested to be a major target for nitrosative
stress in rat liver under in vivo conditions [35] (Figure 3).
Carbonylation at the level of 𝛽 subunit was observed in
Escherichia coli after treatment with H

2
O
2
[110]. Whether

sites targeted by ROS/RNS that modulate ATP synthase are
also involved in PTP formation/modulation has not been
clarified yet.

The first indication of the presence of ROS-sensitive
modulatory thiols on the matrix-facing side of the PTP was
revealed in isolated mitochondria through the use of chemi-
cal thiol-oxidants, such as diamide, arsenite anion (AsO),
copper-o-phenanthroline, phenylarsine oxide (PhAsO), and
𝛽-hydroxybutyrate, or thiol-modifiers, such as N-ethylmal-
eimide (NEM) or monobromobimane (MBM) [111–114]. In
these studies the authors proposed that the PTP can be
modulated by oxidation-reduction effectors at two sites that
can be distinguished experimentally. One site (which was
called the “P site”) appears to be modulated through the
oxidation-reduction state of pyridine nucleotides even when
glutathione is fully reduced and can be blocked by NEM,
but not by MBM. The other site (which was called the
“S site”) coincides with the oxidation/reduction-sensitive
dithiol(s) [111], and it can be activated by reaction with AsO
or PhAsO. The S site can be blocked by both NEM and
MBM. Irrespective of the precise mechanism by which glu-
tathione and pyridine nucleotides affect the PTP, oxidative
stress causes an increased probability of pore opening when
the concentrations of reduced glutathione and pyridine
nucleotides decrease.

Some of the above-mentioned oxidants and thiol-modi-
fiers of the PTP sites are also known to be reagents effective
on ATP synthase [115] and since the PTP is formed by ATP
synthase dimers, an accurate analysis of the amino acid
residues of ATP synthase might clarify the molecular locali-
zation for the S and P sensitive sites of the PTP. Moreover,
the characterization of these residues could be useful to
discriminate between the two effects of ROS/RNS on ATP
synthase: the modulation of its catalytic activity and the
induction of the PTP.

Upon treatment of beef heart mitochondria with radio-
active NEM and dithiobis(nitrobenzoate), these radiola-
beled compounds were incorporated into the oligomycin-
sensitivity conferring protein (OSCP) subunit, which faces
the matrix side, through its only cysteine (OSCP-Cys118
in Figure 1) without any detectable effect on the ATPase
activity [34, 116]. Intriguingly, the OSCP subunit has been
identified as the binding site for CyPD to ATP synthase
[12], an interaction favored by phosphate [11]. In mouse
liver mitochondria high phosphate (5mM) protects PTP
from the oxidative stress, something that is not observed in
CyPD knockout (KO) mitochondria [8], suggesting that the
binding of CyPD on OSCP, which is favored by phosphate,
might affect PTP thiols availability. Taken together, these
results suggest that the OSCP subunit in mammals might
play a crucial modulatory role for PTP opening and ROS
sensitivity. This hypothesis might explain the previous and
never fully understood finding that overexpression of CyPD
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Figure 1: Schematic representation of ATP synthase and PTP. Dimers of ATP synthase that form the PTP are shown from a lateral view. F
1

catalytic part of ATP synthase is from bovine crystal structure (PDB 2WSS, modified by PyMOL 1.3 software) and is composed of 𝛼, 𝛽, and
𝛾 subunits in red, yellow, and blue, respectively, as indicated in the left part of the dimer. FO and lateral stalk subunits are also indicated in
the left part in pink, light-blue, and green regions. On the right part of the dimer arrows indicate the critical cysteine residues modified by
ROS/RNS in pathophysiological conditions. Cysteines are highlighted in cyan.

Table 1: Residues of ATP synthase modified by ROS/RNS in pathophysiology.

Residue Condition Modification Reference(s)
𝛼-Cys201 DHF Oxidation, S-S bonds [26]

𝛼-Cys251

DHF Oxidation, S-S bonds [26]
Rat brain and liver S-glutathionylation [27]

Mouse heart overexpressing iNOS S-glutathionylation [28]
Preconditioning and I/R S-nitrosylation, [29, 30]

Aging-mouse skeletal muscles Carbonylation, [31]
Rat brain mitochondria Tyr-phosphorylation [32]

𝛼 subunit PD, HtrA2 KOmouse Truncation [33]
𝛾-Cys78 DHF Oxidation, S-S bonds [26]
OSCP-Cys118 Bovine heart mitochondria NEM incorporation [34]
𝛽-Tyr345 Rat liver S-nitrosylation [35]
𝛽-Tyr368 Rat liver S-nitrosylation [35]
d-Trp Human heart mitochondria Oxidation [36]
Residues refer to bovine ATP synthase subunits without mitochondrial targeting sequence.
DHF: dyssynchronous heart failure; iNOS: inducible nitric oxide synthase; I/R: ischemia/reperfusion; PD: Parkinson’s disease; KO: knockout; OSCP:
oligomycin-sensitivity conferring protein; and NEM: N-ethylmaleimide.

in HEK293 cells protects from oxidative stress and apoptosis
[117].

4.2. Intermembrane Space/IMM Residues. Many possible
sites of oxidation are present in the FO sector and in the
noncatalytic subunits of ATP synthase in the IMM and
facing the intermembrane space (Figure 1). These conserved
cysteines are involved in dimer/oligomer formation.

Preferential interactions in yeast dimers occur through
subunits e [118, 119], g [120], 6 [121], and 4 [122] and also
through subunit h and the yeast-specific subunit i [123], most
of which harbor cysteine residues. Among the mammalian
corresponding subunits e, g, a, b, and F6 (Figure 1) only

b presents a conserved cysteine residue. However, in both
yeast [121, 124] and mammals [95, 125, 126], the stabilizing
contribution of the different subunits seems to be additive. In
yeastmutants lacking e and/or g subunits, the PTPwas desen-
sitized to opening [14].These data support the hypothesis that
dimerization ofATP synthase is necessary for PTP formation.
Moreover, the effect of ROS is conserved from human to
yeast and Drosophila [127], since dimers extracted from blue
native gels and tested for their channel activity generated
currents in the presence of oxidants in all these species [12,
14, 15]. In yeast, both e and g subunits harbor a cysteine
residue (eCys28 and gCys75) and form e/g interactions in
the dimerization interface through GXXXG motifs [117].
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𝛼-Cys201

𝛼-Cys251

𝛾-Cys78

Figure 2: Lateral view of a section of the catalytic core of ATP synthase (PDB 2WSS, modified by PyMOL 1.3 software) composed of 𝛼, 𝛽, and
𝛾 subunits in red, yellow, and blue, respectively. Critical cysteine residues subjected to posttranslational modifications are highlighted in cyan.
Distances between 𝛼-Cys251 and 𝛼-Cys201 or 𝛼-Cys251 and 𝛾-Cys78 are indicated by black dashed lines and are 12 Å or 61.5 Å, respectively.

𝛽-Tyr345 𝛽-Tyr368

Figure 3: Lateral view of a section of the catalytic core of ATP synthase (PDB 2WSS, modified by PyMOL 1.3 software) composed of 𝛼, 𝛽,
and 𝛾 subunits in red, yellow, and blue, respectively. Critical 𝛽-Tyr345 and 𝛽-Tyr368 residues that might be modified by RNS are highlighted
in gray.

They also participate in the putative oligomerization interface
through e/e and g/g interactions [124], as established in a
yeast gCys75Ser/Leu109Cys mutant, which formed eCys28-
eCys28 and gLeu109Cys-gLeu109Cys cross-links [118, 120].
A similar arrangement of e and g subunits in the IMM of
bovine heart has been hypothesized based on cross-linking
experiments [128]. The treatment of yeast mitochondria
lacking e and/or g subunits with copper(II) chloride (CuCl

2
),

which mimics the effect of oxidants, stabilized preexisting
dimers by formation of disulfide bridges between adjacent
monomers [14]. This suggests the involvement of species-
specific cysteine residues located in subunits other than e and
g that might stabilize dimers, as it was observed in subunit 6
in yeast [124] or factor B [129] and subunit b in bovine heart,
whose modification also affects enzyme function [130–132].

Subunit b spans themembranewithout contacting the c
8
-ring

in the enzyme monomer, suggesting that two subunits b are
in close proximity in the dimer [133].

It still remains to be defined whether these or other ATP
synthase residues might coincide with cysteines of the PTP
facing the intermembrane space showed to be sensitive to
membrane-impermeant photooxidants in isolatedmitochon-
dria [134]. Moreover, their involvement in the modulation
of the PTP in mitochondrial pathophysiology in humans
remains to be addressed.

5. PTP Modulators as Targets for ROS/RNS

S-nitrosylation of CyPD cysteine 203 seems to be important
for the modulation of the PTP during I/R injury [135–137],
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since its modification inhibits PTP opening. Moreover, the
substitution of this residue with a serine desensitizes PTP
in MEF cells exposed to oxidative stress similarly to CyPD
ablation [137]. Indeed, cysteine 203 has been identified as
a major cysteine residue susceptible to oxidation in human
cells, leading to conformational changes of CyPD and induc-
tion of PTP [138]. Another possible effect of ROS on the
modulation of the PTP is the direct phosphorylation of
CyPD bymitochondrial glycogen synthase kinase 3 (mGSK3)
[102, 139]. This kinase has been involved in the regulation of
PTP in pathological conditions, such as cardiac I/R injury
or hypoxia [140–144], in tumor cells [102, 139], and in cells
lacking mtDNA [145]. ROS-dependent activation of mGSK3
enhances cell death in neurons, probably following PTP
induction [146, 147], and this suggests that mGSK3 coordi-
nates diverse signaling pathways to connect PTP opening
with stress and survival signals by modulating ROS and/or
calcium threshold of PTP opening.

Another recently identified interactor of CyPD thatmight
be involved in the modulatory effect of ROS on the PTP
is the IMM protein spastic paraplegia 7 (SPG7), but the
mechanisms of action through which it could sensitize the
PTP to opening in the presence of oxidative stress need to be
clarified [148].

6. The Dual Role of ATP Synthase in
Cardiac Disease

The cardiac muscle heavily depends onmitochondrial bioen-
ergetics and metabolism for its function. This becomes
particularly evident during I/R, a scenario in which low levels
of oxygen lead to the inhibition of electron flow through
the respiratory chain and thus an impairment of energy
conservation and oxidative metabolism. The resulting loss
in proton motive force prevents ADP phosphorylation to
ATP at the level of ATP synthase, which rather works in
“reverse mode” coupling ATP hydrolysis to proton pumping.
The net result is that mitochondria no longer produce ATP
and become very powerful in hydrolyzing glycolytic ATP
[149]. IMM permeabilization due to the opening of the PTP
leads to depolarization and worsening of ATP depletion
and precipitates cell death [150]. Indeed, the crucial role
of the pore opening in mediating I/R induced damage was
extensively corroborated by the protective effects of CsA [151]
and lack of injury in CyPD KO mice [7, 9]. The opening of
the PTP was thought for years to occur due to mitochondrial
calciumoverload, but this hypothesis was questioned recently
by the observation that MCU KO mice are not protected
from I/R injury [152]. Nevertheless, recent reports showed
that cardiac-specific ablation ofMCUaffords protection from
I/R injury [153, 154]. Considering that MCU KO MEFs are
equally susceptible to oxidative damage as their wild type
counterparts [152], it is tempting to speculate that PTP
opening might be induced by oxidative stress independently
of mitochondrial calcium overload, either by directly tar-
geting critical cysteine residues of ATP synthase to induce
conformational changes and dimer formation or through
oxidative changes of CyPD. Other amino acid residues might
also be involved in the oxidative modulation of the enzyme

activity and/or conformation, such as tyrosine nitration in the
𝛼 subunit occurring in cardiac I/R injury [155] or tryptophan
oxidation described at the level of subunits d and a [36]. The
functional consequences resulting from these modifications
are yet to be elucidated.

It is well accepted that low levels of ROS are key sig-
nals mediating physiological or cardioprotective responses,
whereas high levels of ROS contribute to oxidative stress and
cell or tissue damage. This dual effect has been named mito-
hormesis [156, 157]. One such example of beneficial effects
of ROS is represented by IPC. IPC consists of brief periods
of ischemia followed by brief periods of reperfusion, which
prepare the heart and render cardiomyocytes more resistant
to sustained ischemic insults. Although IPC involves complex
mechanisms that are not completely understood, it has been
established that ROS/RNSmediate signal transduction in the
early phase of IPC through posttranslational modifications of
redox-sensitive proteins [158]. Again, mitochondrial proteins
come into play as both the source and the target of these
species. More specifically, IPC resulted in the S-nitrosylation
of subunit 𝛼 [30]. S-nitrosylation has been suggested to be
protective, shielding the cysteine residues from oxidation
and thus protecting the proteins from irreversible oxidation
occurring at the start of reperfusion. It has also been reported
that S-nitrosoglutathione (GSNO) treatment, also protective
against I/R injury, leads to S-nitrosylation of the 𝛼 subunit
and this results in decreased ATP hydrolytic activity [29].
Thus, in addition to shielding the cysteine residues from irre-
versible oxidative damage, S-nitrosylation might also afford
protection by decreasing ATP synthase activity and there-
fore reduce the consumption of ATP following myocardial
ischemia. S-nitrosylation of ATP synthase subunit 𝛼 occurs
in both IPC and postconditioning and is dependent on NOS
activity [30, 159]. Moreover, cysteine 19 of the subunit 𝜀 was
also found to be S-nitrosylated following postconditioning
but the functional significance of this finding remains to be
elucidated [159].

Oxidation and S-nitrosylation have also been shown
to occur at the level of ATP synthase in a canine model
of dyssynchronous heart failure (DHF) [26]. Indeed, DHF
was correlated with disulfide bond formation in the ATP
synthase complex occurring between either cysteine 294 of
the neighboring 𝛼 subunits or cysteine 294 of the 𝛼 subunit
and cysteine 103 of the 𝛾 subunit. This cross-linking was
negatively correlated with ATP hydrolytic activity. Further-
more, cysteine 294 of the ATP synthase 𝛼 subunit was also
S-glutathionylated in DHF, another modification that corre-
lated with a reduction in ATP synthase activity [104]. Inter-
estingly, during chronic resynchronization therapy (CRT, the
only clinically effective therapy forDHF) the disulfide bond at
cysteine 294 was found to be reversed and partially replaced
by S-nitrosylation, resulting in the recovery of ATPase activ-
ity. Indeed, the same group has shown that cysteine 294 is
critical for ATP synthase function in vitro and that itmay play
amajor role in redox regulation ofATPproduction acting as a
redox-sensor [160]. Nevertheless, the S-nitrosylation of the 𝛼
subunit and improvement in ATPase activity observed in this
study are in contrast with the previously mentioned results
from Sun et al. [29], showing that S-nitrosylation of ATP



8 Oxidative Medicine and Cellular Longevity

synthase 𝛼 subunit in IPC or after GSNO treatment leads to a
reduction of its hydrolytic activity. One cannot exclude that
different cysteine residues were modified in the two afore-
mentioned studies, a fact that could explain this discrepancy.
Another possible explanation is that cross-link reversal and
recovery ofATPase activity observed inCRToccur at a higher
level compared to the extent of S-nitrosylation, suggesting
that the majority of cysteine residues are actually free in CRT
hearts [26]. On the other hand, the distances between the two
cysteines 294 of neighboring𝛼 subunits or between𝛼 cysteine
294 and 𝛾 cysteine 103 aremore than 5 Å (corresponding to𝛼-
Cys251 and 𝛾-Cys78, respectively, in Figures 1 and 2), making
it unlikely that these disulfide bonds actually occur in the
assembled complex. Rather, these bonds could form in the
misfolded/aggregated enzyme, suggesting that the reversal
of cysteine cross-links observed in CRT may promote the
correct assembly of the complex, thus resulting in improved
ATPase activity. Of note, CuCl

2
treatment of isolated ATP

synthase complex from ratmitochondria in vitro showed that
disulfide bonds can form also between 𝛼 and OSCP subunits
as well as between the two 𝛾 subunits and 𝛾 and OSCP [26].
The effect of these disulfide crossbridges on ATP synthase
activity was not addressed, and whether these modifications
could also occur in vivo still needs to be assessed. Further
efforts should also be put in addressing the effect of these
oxidative posttranslational modifications on PTP forma-
tion.

7. Neurodegenerative Diseases

Mitochondria have a central role in aging-related neurode-
generative diseases. Oxidative stress generated by mitochon-
dria has been inversely correlated with longevity in model
organisms [161, 162] and defects inmitochondrial bioenerget-
ics have been implicated in a number of neurodegenerative
diseases [163].

In vitro, ATP synthase is susceptible to ROS [103, 164, 165]
and to oxidative/nitrosative stress associated with disorders
of the central nervous system [166, 167] and aging [35, 168].
The fact that ROS/RNSmodifications can alter themitochon-
drial oxidative phosphorylation efficiency may explain the
mitochondrial involvement in neurological diseases.

Moreover, the involvement of PTP in neurodegenerative
diseases has been demonstrated by the use of CsA both
in vitro and in vivo and the ablation in mouse models of
its target, CyPD [17, 18]. CyPD plays an important dual
function on the modulation of ATP synthase; on the one
hand, it sensitizes PTP to matrix calcium, while, on the other
hand, it inhibits both ATP hydrolysis and synthesis by 30%
[11]. In cellular mechanisms of neurodegenerative diseases,
when mitochondria are hydrolyzing ATP, CyPD binding and
inhibition of ATP synthase can be an advantage avoiding
ATP consumption and cell death, or a disadvantage in cases
in which PTP is sensitized to calcium and the displacement
of CyPD would promote cell survival. This is only one of
the complex relationships between ATP synthase and PTP
in neurodegeneration, and in this paragraph we attempt to
summarize possible mechanisms linking ATP synthase/PTP
and ROS/RNS modifications.

7.1. Amyotrophic Lateral Sclerosis. Amyotrophic lateral scle-
rosis (ALS) is a progressive degeneration ofmotor neurons. In
familial ALS, mutations have been found in Cu,Zn-SOD that
are suggested to increase generation of ROS [169, 170], RNS,
and nitrosylation [171]. Furthermore, Beal et al. [172] detected
increased levels of nitrotyrosine staining in motor neurons
of both sporadic ALS and familial ALS, suggesting that
ONOO− mediated oxidative damage may play a role in both
forms of the disease. Of note, as already mentioned, tyrosine
modifications at the level of the 𝛽 subunit of ATP synthase
have been described to bemodulatory of the catalytic ATPase
activity in the presence of ROS/RNS [108, 109], even if their
direct involvement in ALS remains to be addressed.

In light of the susceptibility of the mitochondrial res-
piratory chain to nitrosative stress, it is not surprising that
mitochondrial function is impaired in ALS [173]. Spinal
cord mitochondria in ALS mouse model display decreased
calcium retention capacity long before the onset of motor
weakness and neuronal death [174], and this was corrected
by ablation of the Ppif gene which encodes CyPD [175]. In
these mice, an improved mitochondrial ATP synthesis was
matched by PTP inhibition and significant suppression of
motor neuron death throughout disease, although survival
was not improved confirming the role of ATP synthesis
and permeability transition in ALS neuron cell death [176,
177]. Increased ATP synthesis in this mouse ALS model
lacking CyPD could also be explained by our observation that
ablation of CyPD increases the catalysis of ATP synthase [11].

7.2. Alzheimer’s Disease. AD, the most common form of
dementia in aged people, is characterized by deposition of
amyloid plaques formed by the amyloid 𝛽 peptide [178].
Amyloid 𝛽 can be imported in mitochondria [179]. Several
studies have observed activity changes in key mitochondrial
enzymes in AD. While the exact mechanism for this loss of
activity is unclear, evidence suggests that ROS/RNS produc-
tion is increased in AD. Nitrotyrosine residues have been
detected in postmortem Alzheimer’s tissue but not in age-
matched controls [180], indicating the presence of ONOO−.
The induction of iNOS in cultured rat astrocytes causes NO-
mediated neuronal death in a coculture system [181].

Amyloid 𝛽 is also reported to stimulate glial NO produc-
tion [182–184] and it has been shown to inhibit both purified
complex IV [185] and complex IV in isolated brain mito-
chondria [186]. Additionally, in neuronal cultures amyloid 𝛽
caused a loss of activity of all the mitochondrial complexes
and a loss of mitochondrial integrity, due to PTP opening
[187]. It has been shown that amyloid 𝛽 oligomers alter
calcium homeostasis [188].

Upon import in mitochondria, amyloid 𝛽 interacts with
CyPD and enhances PTP induction, since neurons from
CyPD KO mice are protected from cell death induced by
amyloid 𝛽 dependent PTP opening [189]. Interestingly, a
novel association with AD risk has been recently identified
in the ATP synthase ATP5H locus, which encodes subunit
d of the lateral stalk [190]. Intriguingly, in a proteomic
analysis of human heart mitochondria in normal condition,
a tryptophan residue at the level of d subunit was identified
as a “hot spot” for oxidation [36], the latter being another
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important pathophysiological factor in AD. Moreover, in the
filamentous fungus Podospora anserina, a model with a clear
defined mitochondrial etiology of aging, another tryptophan
residue on the 𝛼 subunit of ATP synthase (Trp503) has been
described to be crucial for the selective targeting of oxidative
damage [107]. Although this residue is not conserved in
unicellular fungi and higher eukaryotes, the example of P.
anserina is instructive because the authors proposed that
oxidized cysteine and methionine can be efficiently reduced
by repair mechanisms, whereas tryptophan oxidation prod-
ucts are irreversible and have the potential to form markers
detected by the mitochondrial quality control system.

7.3. Multiple Sclerosis. In multiple sclerosis (MS), the myelin
sheath of neurons in the central nervous system is destroyed
leading to axonal degeneration [191]. This is associated with
mitochondrial calcium overload and bioenergetic dysfunc-
tion [192]. CyPD KOmice with autoimmune encephalomye-
litis display a marked protection from axonal degeneration
and a milder clinical picture despite a normal inflammatory
response, thus suggesting that PTP might be involved in
disease pathogenesis [193], even if other effects on bioener-
getics caused byCyPD ablation cannot be excluded. A further
indication of the important role played by the PTP in MS
and its activation by ROS is provided by the observation that
axonal damage of mice undergoing experimental autoim-
mune encephalomyelitis is reduced by genetic ablation of
p66Shc [194]. Importantly, a proteomic study of experimental
autoimmune encephalomyelitis identified the ATP synthase
dimer-forming subunit e differentially expressed [195].More-
over, mutations at the level of the genes encoding subunits a
and A6L were observed in MS patients [196].

A large body of evidence exists implicating increased gen-
eration of RNS inMS.The observation that the concentration
of NO

2

− plus NO
3

− in cerebrospinal fluid is elevated by 70%
in MS patients supports this hypothesis [197]. Furthermore,
increased iNOS activity and iNOS mRNA have been demon-
strated in astrocytes associated with demyelinating lesions in
postmortem MS brain [198] and in experimental models of
demyelination [199, 200]. Nitrotyrosine residues indicating
the presence of ONOO− have also been detected in MS
brain [201]. Whether NO-mediated mitochondrial damage is
the cause of the disease remains to be established; however,
the first direct evidence of altered mitochondrial function
in MS came from a study by Lu et al. [202]. These authors
described a decrease of respiratory complex I activity and a
compensatory increase in complex IV in MS. Major targets
for nitrosative stress in rat liver under in vivo conditions
are tyrosine 345 and tyrosine 368 in the 𝛽 subunit of the
mitochondrial ATP synthase that is suggested as an early
marker of nitrosative stress and aging [35]. A comparison
between 𝛼 and 𝛽 subunits allowed the speculation that the
latter is more accessible for RNS modification and that the
catalytic conformation of this subunit also affects tyrosine
residues exposure to nitration (higher exposure to RNS
modifications in the absence of bound nucleotide).Moreover,
Ding et al. [203] demonstrated inND4mice (an in vivomodel
forMS) an impaired transport of ATP5bmRNA (which gene-
rates subunit 𝛽) to mitochondria.This caused decreased ATP

synthesis in MS mice due to lower levels of this subunit and
not to impaired ATP synthase assembly, as suggested by the
authors. However, the possibility that tyrosine modifications
in this subunit might affect enzyme activity cannot be
excluded.

7.4. Parkinson’s Disease. PD is caused by death of dopamin-
ergic neurons in the substantia nigra pars compacta. A
sensitization to PTP opening has been proposed as a major
cause of neurodegeneration in several models of the disease
characterized by altered homeostasis of intracellular calcium
[204–206], including the forms caused by complex I inhi-
bition [207, 208] and by inactivation of the Ser/Thr kinase
PINK1 [209], in which changes in calcium storage capacity
[210, 211], impairment of respiratory complex I [212], and
altered mitophagy [213] are observed. Moreover, the PTP
can be induced in dopaminergic neurons because of the
inability to buffer increased intracellular ROS levels [214].
In a PD mouse model induced by parkin deficiency, state
3 and state 4 respiration rates were both affected indicating
a more likely direct modulation of the respiratory chain
compared to an effect on ATP synthase [215]. On the other
hand, a mouse model lacking chaperone protein HtrA2 and
showing a parkinsonian phenotype displays mitochondrial
uncoupling at the level of ATP synthase and a truncated
𝛼 subunit that might be involved in the neurodegeneration
observed in these mice [33].

Postsynaptic density protein 95 (PSD-95) binds to neu-
ronal nNOS and the neuroprotective effects of small-
molecule inhibitors of this interaction were tested in an
in vitro PD model. The observed protective effects were
associated with suppressed mitochondrial dysfunction, as
evidenced by decreased ROS generation, preserved ATP
synthesis, and PTP inhibition [216]. Moreover, Darios et al.
[217] demonstrated that in PC12 cells the overexpression of
parkin protects from ceramide-induced swelling suggesting
that parkin may act directly to prevent PTP mediated cell
death, but the exact mechanism remains to be addressed.

8. Conclusions

Posttranslational modifications of ATP synthase due to
ROS/RNS generation might play a dual role by promoting
cell death or survival depending on their relative effects on
mitochondrial ATP synthase catalysis and PTP.We have illus-
trated howATP synthase is the target for oxidative/nitrosative
modifications that affect its activity and might promote for-
mation of the PTP. Identification of specific residues involved
in the latter event is still lacking and will help to elucidate
the mechanisms that mediate the role of ATP synthase in
modulating cell survival or death. Finally, we discussed how
changes in the ATP synthase activity regulate mitochondrial
ROS formation and thus may represent an attractive strategy
for the treatment of pathologies such as cancer.
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[90] K. Ylitalo, A. Ala-Rämi, K. Vuorinen et al., “Reversible ischemic
inhibition of F1F0-ATPase in rat and human myocardium,”
Biochimica et Biophysica Acta—Bioenergetics, vol. 1504, no. 2-3,
pp. 329–339, 2001.

[91] D. W. Green and G. J. Grover, “The IF
1
inhibitor protein of

the mitochondrial F
1
F
0
-ATPase,” Biochimica et Biophysica Acta

(BBA)—Bioenergetics, vol. 1458, no. 2-3, pp. 343–355, 2000.
[92] W. Rouslin and C.W. Broge, “Mechanisms of ATP conservation

during ischemia in slow and fast heart rate hearts,” The Amer-
ican Journal of Physiology—Cell Physiology, vol. 264, no. 1, pp.
C209–C216, 1993.

[93] M. Campanella, E. Casswell, S. Chong et al., “Regulation of
mitochondrial structure and function by the F

1
F
𝑜
-ATPase inhi-

bitor protein, IF
1
,”Cell Metabolism, vol. 8, no. 1, pp. 13–25, 2008.
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[134] V. Petronilli, J. Šileikyte, A. Zulian et al., “Switch from inhi-
bition to activation of the mitochondrial permeability transi-
tion during hematoporphyrin-mediated photooxidative stress.
Unmasking pore-regulating external thiols,” Biochimica et Bio-
physica Acta—Bioenergetics, vol. 1787, no. 7, pp. 897–904, 2009.

[135] M. J. Kohr, A. M. Aponte, J. Sun et al., “Characterization of
potential S-nitrosylation sites in the myocardium,” The Amer-
ican Journal of Physiology—Heart and Circulatory Physiology,
vol. 300, no. 4, pp. H1327–H1335, 2011.

[136] M. J. Kohr, J. Sun, A. Aponte et al., “Simultaneous measure-
ment of protein oxidation and S-nitrosylation during precon-
ditioning and ischemia/reperfusion injury with resin-assisted
capture,” Circulation Research, vol. 108, no. 4, pp. 418–426, 2011.

[137] T. T. Nguyen, M. V. Stevens, M. Kohr, C. Steenbergen, M. N.
Sack, and E. Murphy, “Cysteine 203 of cyclophilin D is critical
for cyclophilin D activation of the mitochondrial permeability
transition pore,” The Journal of Biological Chemistry, vol. 286,
no. 46, pp. 40184–40192, 2011.

[138] D. Linard, A. Kandlbinder, H. Degand, P. Morsomme, K.-
J. Dietz, and B. Knoops, “Redox characterization of human



Oxidative Medicine and Cellular Longevity 15

cyclophilin D: identification of a new mammalian mitochon-
drial redox sensor?” Archives of Biochemistry and Biophysics,
vol. 491, no. 1-2, pp. 39–45, 2009.

[139] J. Traba, A. Del Arco, M. R. Duchen, G. Szabadkai, and J.
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Copyright © 2016 Jelena Petrović et al. This is an open access article distributed under the Creative Commons Attribution License,
which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.

Sedentary lifestyle is highly associated with increased risk of cardiovascular disease, obesity, and type 2 diabetes. It is known that
regular physical activity has positive effects on health; however several studies have shown that acute and strenuous exercise can
induce oxidative stress and lead to DNA damage. As magnesium is essential in maintaining DNA integrity, the aim of this study
was to determine whether four-week-long magnesium supplementation in students with sedentary lifestyle and rugby players
could prevent or diminish impairment of DNA. By using the comet assay, our study demonstrated that the number of peripheral
blood lymphocytes (PBL) with basal endogenous DNA damage is significantly higher in rugby players compared to students with
sedentary lifestyle. On the other hand, magnesium supplementation significantly decreased the number of cells with high DNA
damage, in the presence of exogenous H

2
O
2
, in PBL from both students and rugby players, and markedly reduced the number

of cells with medium DNA damage in rugby players compared to corresponding control nonsupplemented group. Accordingly,
the results of our study suggest that four-week-long magnesium supplementation has marked effects in protecting the DNA from
oxidative damage in both rugby players and in young men with sedentary lifestyle. Clinical trial is registered at ANZCTR Trial Id:
ACTRN12615001237572.

1. Introduction

Modern age has brought upon a life style that is, in young
people particularly, accompanied by lack of sleep, imbalanced
diet including fast food consumption, excessive amount
of stress, reduced physical activity, and alcohol abuse. All
these factors contribute to excess inflammation and oxidative
stress and exhibit detrimental influence on human genome
[1–4]. Each day, the human genome suffers approximately
one million lesions, including adducts, modifications, or
fragmentation of the sugar phosphate backbone of DNA [5].
If left unrepaired, DNA damage can cause mutations such
as base substitutions and chromosomal translocations that
disrupt normal gene expression or create abnormal proteins
that are detrimental to cellular function or viability [6].

Both endogenous and exogenous factors can increase
production of reactive oxygen species (ROS) and induce
DNA damage [7]. Endogenous factors include products of
cellular metabolism, such as ROS created via mitochondrial
oxidative respiration, or produced by lipid peroxidation, and
during processes such as phagocytosis. Endogenous damage
may also occur due to errors arising from normal cell repli-
cation [8, 9]. Exogenous factors, on the other hand, include
improper diet, alcohol, cigarette smoking, and environmental
toxins [8, 10]. Evidence indicates that oxidative stress induced
DNA damage and impaired DNA repair mechanisms are
involved in the pathogenesis of cancer, atherosclerosis, neu-
rodegenerative disorders, and chronic lung diseases [11, 12].

Even though physical exercise is considered to have
beneficial effects on health, many, but not all studies on this
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topic, gave evidence that acute and strenuous exercise can
induce oxidative stress [13]. Acute and strenuous exercise
lead to oxidative stress by excessive production of ROS and
reactive nitrogen species (RNS), superoxide (O

2

∙−), hydrogen
peroxide (H

2
O
2
), hydroxyl radical (OH∙), hypochlorous acid

(HOCl), and nitric oxide (NO∙) that exhibit detrimental
effects on macromolecules such as lipids and proteins, but
mainly the DNA [13, 14]. During exercise, oxygen consump-
tion can increase up to 10- to 15-fold above resting levels, thus
temporarily increasing the rate of mitochondrial free radicals
production. Exercisemay also induce inflammatory reactions
similar to the acute phase response occurring in injury or
infection [15].

Rugby matches are considered to be very demanding and
cause both physical and psychological stress in participants
[16, 17]. Various studies evaluated the changes in immu-
noendocrine and inflammatorymarkers, neutrophil function
(production of ROS and phagocytic activity), and the recov-
ery time-course of neuromuscular function, concentrations
of testosterone and cortisol, mood impairments, and muscle
damage after intense competitive physical performance, such
as a rugby game [16, 18–21]. Nevertheless, there are few
evidences concerning the correlation between rugby-induced
stress and the level of oxidative damage [18, 21].

On the other hand, magnesium as an essential element is
involved in regulation of cell cycle and apoptosis, stabilizes
the structure of nucleic acids [22], protects DNA from
alkylation, and has a role as a cofactor of the enzymes of
nucleic acid metabolism: it is involved in DNA replication,
DNA repair, and gene expression [23, 24].

Having all abovementioned in mind, the aim of this
study was to investigate whether four-week-long magnesium
supplementation in young men, with either sedentary life
style such as students or athletes involved in strenuous
exercise such as rugby players, could protect peripheral blood
lymphocytes (PBL) from hydrogen peroxide-induced DNA
damage evaluated by alkaline Comet test.

2. Materials and Methods

2.1. Subjects. Twenty-three healthy young male subjects vol-
unteered for this study, thirteen were members of the same
amateur rugby team, and the other ten were students of
the University of Belgrade with sedentary life style. The
participants were divided into four groups, as follows:

Group 1: students with a sedentary life style, without
magnesium supplementation (𝑛 = 5).

Group 2: students with a sedentary life style, receiving
500mg of magnesium per day divided in two doses
separated by 12 h interval for 28 days (𝑛 = 5).

Group 3: rugby players, without magnesium supple-
mentation (𝑛 = 5).

Group 4: rugby players receiving 500mg of magne-
sium per day divided in two doses (one tablet of
magnesium 250mg�. Natural Wealth, NBTY Inc.)
separated by 12 h interval for 28 days (𝑛 = 8).

Students had not been involved in any regular exercise for
at least six months and they remained sedentary during the
whole study. Rugby players trained three to four times a
week for 2 hours and played a match on each Sunday in the
early afternoon. Three months before and during the study,
none of the participants was taking other vitamin or mineral
supplements. All participants gave their written consent to
participate after being fully informed of all experimental
procedures. The investigation was carried out according to
the guidelines and study protocol that has been approved
by the Ethical Committee for Clinical trials of University of
Belgrade, Faculty of Pharmacy, number 199/2.

2.2. Anthropometric Data. Rugby players involved in this
study were 23.30 ± 0.93 years old and had average height
181.26 ± 1.30 cm, body mass 85.30 ± 2.31 kg, and body mass
index (BMI) 25.91 ± 0.51 kg/m2 (Mean ± SD). Mean age of
students was 22.6 ± 0.52 years, height was 186.9 ± 6.42 cm,
bodymasswas 84.4±6.60 kg, andBMIwas 24.16±1.41 kg/m2.

2.3. Blood Collection. On the 29th day of experiment (first
day after 28 days of supplementation) peripheral blood sam-
ples were collected from the participants of this study. In the
morning from 09.00–10.00 a.m. (about 20 h after the rugby
match for athletes), blood was drawn from an antecubital
vein in sitting position into 2mL EDTAVacutainer tubes and
comet assay was performed.

2.4. Comet Assay (Single Cell Gel Electrophoresis (SCGE)).
The comet assay is highly reproducible, rapid, and sen-
sitive method for measuring DNA damage [25, 26]. The
comet test was conducted as described by Singh et al.
[25]. Microscope slides were coated with a layer of 1%
normalmelting point agarose (Sigma-Aldrich, St. Louis,MO)
and left to dry on room temperature. The 6 𝜇L of whole
blood samples was suspended in 0.67% low melting point
(LMP) agarose (Sigma-Aldrich, St. Louis, MO) in phosphate
buffered saline (PBS, Torlak Institute of Immunology and
Virology, Belgrade, Serbia), applied onto microscope slides
(prepared on previously described way) and maintained on
4∘C for 5min, to solidify. Then a second layer of 0.5%
LMP agarose was pipetted onto microscope slides. Every
sample had a matching positive control that was treated with
hydrogen peroxide (1.5mM H

2
O
2
) and then after 5min on

4∘C with second layer of 0.5% LMP agarose. The following
step included immersing all slides in lysing solution (2.5M
NaCl, 100mM ethylene-diaminetetra-acetic acid, 10mMTris
at pH 10, 1% Triton X-100 and 10% dimethylsulfoxide, pH 10
adjusted with NaOH) on 4∘C and leaving them overnight.
After that, DNA in lysed cells was allowed to unwind in alkali
buffer (300mM NaOH, 1mM EDTA) for 30min. Samples
were then subjected to electrophoresis for another 30min
at 215mA, 25V, washed three times (for 5min each slide)
with a neutralizing buffer (0.4M Tris, pH 7.5), and stained
with ethidium bromide (20𝜇g/mL). Cover slips were then
placed on top of microscope slides and DNA damage was
visually analyzed. Analyses were performed on Olympus BX
50 microscope (Olympus Optical Co., GmbH, Hamburg,
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Figure 1: Effects of 4-week magnesium supplementation on number of peripheral blood lymphocytes (PBL) with DNA damage, scored by
Comet assay. Participants were divided in four groups in total, due to Mg supplementation and level of physical activity: sedentary, sedentary
with Mg supplementation (sedentary Mg), rugby players (rugby), and rugby players with Mg supplementation (rugbyMg). (a) Basal number
of cells withmigrated DNA. Number of participants per group: sedentary (𝑛 = 5), rugby (𝑛 = 5), sedentaryMg (𝑛 = 5), and rugbyMg (𝑛 = 8).
(b) Number of cells with migrated DNA after exposure to 1.5mMH

2
O
2
. Number of participants per group: sedentary (𝑛 = 5), rugby (𝑛 = 5),

sedentary Mg (𝑛 = 5), and rugby Mg (𝑛 = 8). Results are shown as means ± SEM. The difference obtained was considered to be statistically
significant when 𝑝 < 0.05 (∗𝑝 < 0.05; ∗∗𝑝 < 0.01).

Germany) equipped with a mercury lamp HBO (50W, 516–
560 nm, Zeiss) at 100x magnification.

Cells were graded by eye, as it was described by Anderson
et al. [27], into 5 categories based on perceived comet tail
length migration and relative proportion of DNA in the
comet tail: no damage (<5%, class A); low level of damage
(5–20%, class B); medium level of damage (20–40%, class
C); high level damage (40–95%, class D); and total damage
(>95%, class E). For each blood sample comet assay was
conducted on two microscope slides and 100 cells were
analyzed (50 cells per slide).

2.5. Statistical Analysis. Statistical analysis was performed
using SigmaPlot 11.0. Student’s 𝑡-test and Mann-Whitney
Rank Sum test were used in order to compare the difference
between the groups and 𝑝 values less than 0.05 were consid-
ered significant. The results were expressed as mean ± SEM.

3. Results

Results from our study show that the level of basal endoge-
nous DNA damage presented as number of cells with
migrated DNA (Figure 1(a)) was higher in nonsupplemented
rugby players compared to nonsupplemented students (𝑝 =
0.042). Likewise, in these groups, the levels of DNA damage
in cells exposed to H

2
O
2
were significantly higher in rugby

players (𝑝 = 0.002) (Figure 1(b)).
After four-week-long magnesium supplementation there

was no statistically significant difference between students
with sedentary lifestyle and rugby players that received
supplementation in the total number of cells with dam-
aged nuclei, in the presence of H

2
O
2

(𝑝 = 0.080)
(Figure 1(b)). However, magnesium supplementation had

more pronounced effects in rugby players: athletes that
received supplementation had significantly smaller total
number of cells with DNA damage, in the presence of H

2
O
2
,

compared to rugby players from control group (𝑝 = 0.002)
(Figure 1(b)).

Furthermore, the evaluation of degree of DNA damage
was done, and scores were divided into low + medium
damage and high + total damage and results are presented in
Figure 2. There were no significant differences in the degree
of DNA damage among groups in the absence of H

2
O
2
.

However, after four-week-longmagnesium supplementation,
the number of cells with low and medium damage (B + C),
after exposure to H

2
O
2
, was significantly smaller in rugby

players compared to age-matched controls (𝑝 = 0.002)
(Figure 2(a)). Interestingly, this effect was not observed in
students compared to age-matched controls (𝑝 = 0.099)
(Figure 2(a)). However, as presented in Figure 2(b), mag-
nesium supplementation was effective in diminishing the
number of cells with highly damaged DNA in both students
and rugby players compared to respective controls. Results
shown in this figure reveal that after H

2
O
2
exposure the

median number of cells with high and total damaged DNA
(D + E category) is significantly lower in students and rugby
players that received supplementation (𝑝 = 0.025 and 𝑝 =
0.002, resp.). Also, the number of cells with highly and totally
damaged nuclei is significantly higher in rugby players than
students in groups that did not receive supplementation (𝑝 <
0.0001) (Figure 2(b)).

4. Discussion

In the present study DNA damage in PBL of rugby players
and age-matched group of sedentary young man, university
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Figure 2: Effects of 4-week magnesium supplementation on the level of DNA damage induced by exposure to 1.5mM H
2
O
2
in peripheral

blood lymphocytes (PBL), scored by Comet assay. Participants were divided into four groups in total, due to Mg supplementation and
level of physical activity: sedentary, sedentary with Mg supplementation (sedentary Mg), rugby players (rugby), and rugby players with Mg
supplementation (rugby Mg). (a) Number of cells with low and medium level of DNA damage (B and C). Number of participants per group:
sedentary (𝑛 = 5), rugby (𝑛 = 5), sedentary Mg (𝑛 = 5), and rugby Mg (𝑛 = 8). (b) Number of cells with high and total level of DNA damage
(D and E). Number of participants per group: sedentary (𝑛 = 5), rugby (𝑛 = 5), sedentary Mg (𝑛 = 5), and rugby Mg (𝑛 = 8). The difference
obtained was considered to be statistically significant when 𝑝 < 0.05 (∗𝑝 < 0.05, ∗∗𝑝 < 0.01, ∗∗∗𝑝 < 0.001).

students, was compared after four-week-longMg supplemen-
tation. DNA damage was assessed by alkaline Comet test
in the absence or presence of H

2
O
2
. Results of the study

showed that PBL of rugby players were more susceptible
to DNA damage compared to sedentary young man, both
with and without H

2
O
2
challenge. Furthermore, this study

showed that even though Mg supplementation had no effect
on DNA damage in unchallenged lymphocytes, it reduced
level of high-damaged H

2
O
2
-treated cells in both groups of

participants.
Comet assay is used in evaluating changes in DNA

integrity such as strand breaks, alkali-labile sites, DNA
cross-linking, and incomplete excision repair [28]. Different
methods are used nowadays in assessing the level of DNA
damage such as high performance liquid chromatography,
8-OH-deoxyguanosine assay, micronuclei test, chromosome
aberration, and sister chromatid exchanges. Among them,
comet test has a widespread use because of its sensitivity,
simplicity, and reliability [29].

In our study, the level of DNA damage expressed as
the number of cells with migrated DNA was significantly
increased in rugby players on the day after the match
compared to sedentary students, indicating that intense
exercise exhibits negative effects on DNA integrity.Thus, this
study is adding up to data that are proving that strenuous
physical activity may lead to DNA instability, since it was
demonstrated that acute and strenuous exercise lead to
oxidative stress by excessive production of ROS and RNS [13,
14]. Nevertheless, effects of competitive exercise (trainings
and matches) on DNA stability, based on the conducted
studies, are still controversial. Niess et al. [30] reported an
increase in DNA damage in 10 out of 12 participants in
a half-marathon 24 h after the race. Hartmann et al. [31]

observed similar changes in DNA damage level. Using comet
assay, they found elevated DNAmigration in six athletes 24 h
after a short-distance triathlon which is considered to be
an endurance exercise. In both studies, blood was collected
and DNA migration was compared 24 h before and after
the race. Hartmann et al. [31] took blood samples seven
times for the next 5 days and the level of DNA migration
remained to be increased 5 days after race. To the best of
our knowledge, the majority of studies have shown increased
levels of DNA migration 24 h after competitive endurance
exercise. However, Briviba et al. [32] found no change in
the DNA strand breaks in ten participants, when conducting
SCGE assays just after a half-marathon and a marathon race.
Nevertheless, different protocols, small number of partici-
pants, and differences in the training status of the subjects
involved in these studies represent limitations in interpreting
the results [30–33].

We have demonstrated that athletes receivingmagnesium
supplementation for one month had significantly smaller
number of PBLs with damaged DNA after H

2
O
2
treatment,

compared to rugby players devoid of supplementation. Mag-
nesium supplementation apparently had protective effects
on DNA against oxidative damage in rugby players, since
both medium and high level of H

2
O
2
-induced damage were

decreased compared to respective levels in nonsupplemented
athletes. In addition, this effect was more pronounced in
rugby players compared to students in which magnesium
supplementation was accompanied by the decrease of DNA
damage, but the effect was statistically significant only in
decreasing the number of lymphocytes with highly damaged
DNA. A possible explanation for the different effect of Mg
on PBL DNA damage in rugby players and sedentary young
men is the fact that intensive physical activity increases



Oxidative Medicine and Cellular Longevity 5

magnesium requirement. Evidence indicates that both short-
term high-intensity and long-term strenuous exercise cause
significantly increased loss of magnesium through urine
and sweat [34]. Also, during exercise, redistribution of
magnesium to certain body compartments, with increased
energy andROS production, occurs [34–36].Therefore, some
authors propose that short- and long-term strenuous exercise
should be accompanied with 10–20% higher magnesium
intake compared to daily intake recommendations for the
persons of the same age and sex with sedentary lifestyle [34].

Both animal and human studies indicated that magne-
sium deficiency has a negative impact on physical perfor-
mance [34, 37]. However, that is not the only negative conse-
quence of decreased level of magnesium in the body: studies
on experimental animals demonstrated thatmagnesium defi-
ciency leads to swollen mitochondria and disorganized sar-
coplasmic reticulum in skeletal muscles, increases formation
of lipid radicals and nitric oxide, and impairs endogenous
protective mechanisms such as glutathione [38, 39]. It has
also been shown that vigorous exercise induces inflammatory
response because of tissue injury, consequently increasing the
production of ROS, especially in activated phagocytes [15,
40–42]. Takahashi et al. [18] reported no significant change
in ROS production in neutrophils right after a rugby game,
but they also noticed that 4 h after the end of the game it had
increased significantly. Nevertheless, some authors pointed
out that chronic moderate exercise may induce adaptive
responses in human organism by enhancing the expression
of antioxidant enzymes such as Cu/Zn superoxide dismutase
(SOD) and by reducing mitochondrial hydrogen peroxide
[43, 44] in the muscle tissue.The effectiveness of the adaptive
mechanisms in oxidative stress induced by regular physical
activity also depends on the individual’s lifestyle, nutrition,
and expression of genes involved in DNA repair systems
[29, 45]. Future studies investigating the effects of strenuous
exercise on DNA stability should include longer observation
periods and monitor the DNA integrity for at least five
days after the match as some authors claim that for major
alterations in DNA repair mechanisms take more than 24
hours [15, 33, 46, 47].

Furthermore, it might be taken into account that greater
degree of magnesium deficiency which influences antiox-
idant activity in PBLs makes them more susceptible to
oxidative stress caused by hydrogen peroxide, since previous
data showed the harmful effect of magnesium deficiency on
lipid peroxidation in the cardiovascular system [48], and that
tissue homogenates from magnesium deficient animals were
more susceptible to lipid peroxidation than animals fed diets
adequate in magnesium [48]. Nevertheless, this assumption
should be explored and possibly confirmed by estimating
level of magnesium in PBLs of rugby players and sedentary
students, in the future investigation on the larger population.

Results of this study point to the conclusion that stren-
uous exercise sensitizes PBLs to oxidative stress and that
magnesium supplementation shows protective effects in
reducing the level of H

2
O
2
-induced PBL DNA damage thus

indicating the importance of adequate magnesium intake in
both students with sedentary life style and physically active
individuals.
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Recent studies have shown that exposing antibodies or amino acids to singlet oxygen results in the formation of ozone (or an ozone-
like oxidant) and hydrogen peroxide and that human neutrophils produce both singlet oxygen and ozone during bacterial killing.
There is also mounting evidence that endogenous singlet oxygen productionmay be a common occurrence in cells through various
mechanisms. Thus, the ozone-producing combination of singlet oxygen and amino acids might be a common cellular occurrence.
This paper reviews the potential pathways of formation of singlet oxygen and ozone in vivo and also proposes some new pathways
for singlet oxygen formation. Physiological consequences of the endogenous formation of these oxidants in human tissues are
discussed, as well as examples of how dietary factors may promote or inhibit their generation and activity.

1. Introduction

Singlet oxygen (1O
2
) is an electronically excited form of oxy-

gen which is well known to be formed when photosensitizers
such as chlorophyll or the aromatic dye rose bengal absorb
light energy and transfer some of that energy to molecular
oxygen [1, 2]. Various nonphotosensitizedmechanisms for its
formation have also been reported and suggested to occur in
biological systems, but the importance of such endogenous
singlet oxygen formation has had a controversial history [1,
3]. Ozone (O

3
) is best known as occurring in the stratosphere

where it shields organisms on earth from ultraviolet C and
much of ultraviolet B radiations, which are the most damag-
ingUV components of solar radiations because they are read-
ily absorbed by DNA [4, 5]. It is also known as a respiratory
system-damaging pollutant in the troposphere and ironically
as a therapeutic agent in alternative medicine [6]. More
recently, it was shown that antibodies or amino acids catalyze
the conversion of singlet oxygen (1O

2
) to ozone (O

3
) and that

this reaction occurs during the killing of bacteria by activated
neutrophils [7, 8]. Since both singlet oxygen and ozone are
highly reactive oxygen species, a full understanding of their

mechanisms of formation and action in vivo is necessary.
Hence, this paper reviews the various reported mechanisms
of the endogenous formation of these reactive oxygen species
(ROS), the potential relevance of such pathways in human
physiology, and how dietary factors affect the generation and
activity of these oxidants.

2. Radiation-Induced Formation of
Singlet Oxygen

Human beings are frequently exposed to natural and artificial
radiation, and most of this interacts primarily with the
skin. The spectrum of solar radiation at the earth’s surface
consists of ultraviolet (UV) radiation (UVB: 290–320 nm and
UVA: 320–400 nm), visible radiation (VIS: 400–760 nm), and
near infrared radiation (IRA: 760–1440 nm and IRB: 1440–
3000 nm) [9]. UV, VIS, and IR contribute 7%, 39%, and 54%
of the solar energy reaching the skin [10]. Direct absorption
of UVB by cellular DNA leads to formation of cyclobu-
tane pyrimidine dimers and pyrimidine (6–4) pyrimidone
products, while UVA is not readily absorbed by DNA, and
its direct damage to DNA is therefore not important [5].
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Nevertheless, both UVA and UVB as well as visible light
convert various photosensitizing compounds to excited states
which transfer energy to triplet oxygen, thereby generating
reactive oxygen species, particularly singlet oxygen.

UVA makes up 95% of the UV reaching the human
skin, and up to 50% of it can penetrate to the dermis,
unlike UVB that only penetrates the epidermis [11]. The
human skin is rich in UVA and visible light (particularly the
blue region) photosensitizers such as porphyrins, bilirubin,
flavins,melanin andmelanin precursors, pterins, B

6
vitamers,

and vitamin K [12, 13].The formation of singlet oxygen in the
skin as a result of the interaction of UVA with these photo-
sensitizers has been demonstrated directly by luminescence
[14] and by detection of cholesterol-5-hydroperoxide which
is preferentially generated by singlet oxygen but not by free
radical mediated cholesterol oxidation [2]. The interaction
betweenUVBand various vitamins and fatty acids also results
in the generation of singlet oxygen, and some compounds
including vitamin E that are ordinarily not UVA photosen-
sitizers can be converted to UVA photosensitizers if they
are preirradiated with UVB [11]. Photosensitized formation
of singlet oxygen also occurs in the retina, which contains
endogenous photosensitizers and is exposed to light [15]. One
of the singlet oxygen-generating photosensitizers is lipofus-
cin, which forms in the retinal pigment epitheliumwith age or
genetic disorders such as Stargardt’s disease [15, 16]. Ground
state oxygen can directly absorb visible light of 765 nm, even
in mammalian cells, leading to formation of singlet oxygen
without the involvement of a photosensitizer [17]. Similarly,
IRB of 1268 nm can cause direct conversion of ground state
oxygen to singlet oxygen [18].

Both IRB and IRC penetrate the skin only shallowly,
while IRA (which makes up 30% of the total IR radiation
reaching the skin) penetrates deeply, with 65% of it reaching
the dermis [19, 20]. Unlike UVA, IRA penetration of the skin
does not cause photosensitized formation of singlet oxygen
but initiates the formation of reactive oxygen species, mainly
from the mitochondrial electron transport chain [9, 20, 21].
While singlet oxygenmay be one of these ROS [9], its specific
detection under such circumstances has not been studied.
However, both UVA and IR induce upregulation of matrix
metalloproteinases (MMPs) and thereby promote photoaging
[9, 19]. The UV-induced MMP expression is dependent
on cholesterol-5 hydroperoxide, a product of oxidation of
cholesterol by singlet oxygen [2, 22]. Whether IR-induced
metalloproteinase activation also depends to a great extent on
singlet oxygen and cholesterol-5 hydroperoxide remains to be
demonstrated. In this case, the role of IR in singlet oxygen for-
mation may simply involve initiating the formation of super-
oxide anions, from which singlet oxygen would be generated
by various types of radiation-independent reactions (vide
infra). Singlet oxygen formation in organs other than the skin
and eye mainly depends on such “dark” reactions.

Artificial sources of radiation may also contribute to
endogenous singlet oxygen formation in humans. For exam-
ple, during photodynamic therapy, a photosensitizer is
inserted into cancerous tissue and irradiated with UV to
produce singlet oxygen which serves the purpose of destroy-
ing cancer cells [23]. IR irradiation is commonly used

in medicine to warm muscle tissue [24] and might also
contribute to singlet oxygen formation.

3. Leukocyte-Mediated Formation of
Singlet Oxygen

Neutrophils, including human neutrophils, produce singlet
oxygen [7, 35–37] and this has been suggested to be impor-
tant for bacterial killing through the formation of ozone
[7]. It is generally considered that production of singlet
oxygen by neutrophils is dependent on myeloperoxidase
(MPO) which catalyzes the formation of hypochlorous
acid (HOCl) from hydrogen peroxide (H

2
O
2
) and chloride

ion (see equation (1)), followed by reaction of HOCl with
hydrogen peroxide anion (HO

2

−) (see equation (2)) [7, 37].
However, the significance of the reaction between HO

2

−

and HOCl under physiological environments such as the
intraphagosomal milieu may be limited by the presence of
other reactive partners for HOCl [36], and it was suggested
that alternative pathways of singlet oxygen generation by neu-
trophils may exist, including the spontaneous dismutation
of superoxide anions (see equation (3)) [36, 37]. However,
the yield of singlet oxygen from the latter reaction was also
found to be minor [38]. Peritoneal macrophages, which are
MPO deficient, produce higher yield of singlet oxygen than
neutrophils [37]. In themacrophage phagosome, the reaction
between nitric oxide (NO∙) and superoxide anion (∙−O

2
)

occurs at diffusion-controlled rates to form peroxynitrite
(ONOO−) (see equation (4)) [39], which reacts with H

2
O
2
to

produce singlet oxygen (see equation (5)) [40]. The reaction
of NO∙ with H

2
O
2
was also found to generate singlet oxygen

in a purely chemical system and in a superoxide generating
system (see equation (6)) [41, 42]. The eosinophil peroxidase
system generates singlet oxygen by a reaction between HOBr
and HO

2

−, analogously to (2) [30]:

H
2
O
2
+ Cl− +H+ → HOCl +H

2
O (1)

HOCl +HO
2

−
→ H

2
O + Cl− + 1O

2
(2)

∙−O
2
+
∙−O
2
+ 2H+ → 1O

2
+H
2
O
2

(3)
∙−O
2
+NO∙ → ONOO− (4)

ONOO− +H
2
O
2
→ ONO− +H

2
O + 1O

2
(5)

∙−O
2
+H
2
O
2
→
1O
2
+HO∙ +HO− (6)

H
2
O + 1O

2
→ H

2
O
3

1O
2

→ H
2
O
2
+O
3

(7)

4. Singlet Oxygen Formation by
the Russel Mechanism

Russell [43] proposed the idea that two peroxyl radicals can
react to form an unstable tetroxide whose decomposition
affords singlet oxygen, an alcohol, and a carbonyl compound,
and this mechanism is now believed to contribute to singlet
oxygen formation from various biomolecules including pro-
teins, lipids, andnucleic acids [44].Theoxidation ofDNAwas
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Figure 1: Formation of 1O
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through reaction of thymine peroxyl radicals (1) by the Russell mechanism [25].
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Figure 2: Russell-type mechanism for formation of 1O
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from the reaction of glutathione (RSH) with superoxide anions (∙−O

2
) [26].

found to result in singlet oxygen by this mechanism as illus-
trated in Figure 1, whereby thymine peroxyl radicals 1 react
to generate tetroxide 2 whose decomposition produces alco-
hol 3, carbonyl 4, and 1O

2
[25].

Cysteine residues in glutathione (RSH) were found to be
readily oxidized by superoxide anions to form singlet oxy-
gen, glutathione disulfide (RSSR), and glutathione sulfonate
(RSO
3

−) in a reaction that was suggested to involve the perox-
ysulphenyl radical (RSOO∙) [26] and can be considered as a
special type of Russelmechanism (Figure 2).Thismechanism
may also apply to cysteine residues in proteins. Hydroxyl
radicals may also initiate the conversion of amino acids to
peroxyl radicals which then participate in the Russell mech-
anism [44].

As reviewed by Miyamoto et al. [45], various studies
have demonstrated the formation of singlet oxygen by
the Russel mechanism during the decomposition of lipid
hydroperoxides (ROOH) in the presence of species such as
Fe3+, Cu2+, peroxynitrite, HOCl, or cytochrome c, which
oxidize the hydroperoxides to the corresponding peroxyl
radicals (ROO∙). However, while singlet oxygen formation
by the Russell mechanism in such purely chemical systems
is established, its importance in tissues has been considered
debatable because high concentrations of peroxyl radicals are
unlikely to develop under such systems [46, 47]. On the other
hand, the fact that peroxyl radicals derived from phospho-
lipid and cholesterol hydroperoxides in liposomes produced
singlet oxygen was considered as an indication that this phe-
nomenon may occur in cellular membranes [45]. Moreover,
cytochrome c was found to promote oxidation of polyun-
saturated fatty acid-containing cardiolipin, with concomitant
singlet oxygen formation, and this may be relevant in the
mitochondria where both species exist [45].

Peroxynitrite (ONOO−) reacts with glyoxal to produce
singlet oxygen, and this was proposed to involve cleavage
of glyoxal 6 to formic acid 7 and formyl radical 8, with

subsequent conversion of the latter to peroxyformyl radical
9, and reaction of two such peroxyacyl radicals by the Russel
mechanism as shown in Figure 3 [27]. Even in the absence of
peroxynitrite, aldehydes formed during lipid autoxidation are
easily converted to the corresponding acids via acyl and per-
oxyacyl radicals [48], and thesemay similarly produce singlet
oxygen, as illustrated for the conversion of lipid oxidation-
derived formaldehyde 10 to formic acid and singlet oxygen
(Figure 3).

5. Singlet Oxygen Formation via the
Dismutation of Alkoxyl Radicals

Two alkoxyl radicals (RO∙) can undergo dismutation to form
a carbonyl and an alcohol (Figure 4), and some of the car-
bonyls are formed in the excited triplet state, with a yield of up
to 8% [28].The triplet carbonyls can transfer energy to triplet
oxygen, thereby generating singlet oxygen [28]. Because
alkoxyl radicals are major intermediates during decomposi-
tion of biological hydroperoxides [28, 48], the potential con-
tribution of this pathway to singlet oxygen formation cannot
be ignored.

6. Singlet Oxygen Formation via the Oxidation
of Phenolic Substances

Phenolic substances are important components of the human
diet, and one of such compounds is the amino acid tyrosine.
Inmany physiological situations, tyrosine 11 gets converted to
the tyrosyl radical 12, which in turn gets converted by super-
oxide anions to tyrosine hydroperoxide 13, whose decompo-
sition may produce singlet oxygen and regenerate tyrosine
(Figure 5) [40]. However, tyrosine hydroperoxide 13 also gets
converted to its bicyclic isomer 14, whose decomposition
does not produce singlet oxygen, and this greatly reduces the
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and proposed occurrence of such a reaction via formyl radicals formed during lipid oxidation.
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formation via oxidation of semiquinone radical 16 to quinone 18 in the presence of Cu2+ ions [30]. Catechol derivative 15 may undergo
oxidation to the semiquinone radical 16 without metal catalysis [31].

amount of singlet oxygen formed from this system [29]. Nev-
ertheless, this mechanismmay be important because tyrosine
and tryptophan residues are known to be major contributors
to protein-dependent singlet oxygen formation [32].

It is reasonable to expect that singlet oxygen will be
formed from other phenolic substances analogously to its
formation from tyrosine according to Figure 5. For example,
Figure 6 illustrates singlet oxygen formation from catechol
or a catechol derivative 15 via a semiquinone radical 16 and
a hydroperoxy semiquinone 17. Consistent with this, the 2-
hydroxycatechol of estradiol was found to be oxidized by
Cu2+ ions to produce superoxide ion, hydrogen peroxide,
and singlet oxygen, and its DNA-strand breaking activity was
diminished by singlet oxygen quenchers but not by hydroxyl
radical quenchers [52]. Similarly, the substantial formation
of singlet oxygen during Cu2+-mediated oxidation of cate-
cholamines, derivatives of catechol, was reported by Kruk
et al. [53]. These authors proposed the following sequence of
events to be involved in singlet oxygen formation: (i) Cu2+
oxidizes the catecholamine (represented by 15 in Figure 6) to
the semiquinone radical 16; (ii) Cu+ generated in the process
reduces O

2
to superoxide anion (∙−O

2
) and triplet oxygen

may also oxidize 16 to quinone 18, with formation of ∙−O
2
;

(iii) dismutation of the latter affords H
2
O
2
; (iv) Cu+ reduces

H
2
O
2
to hydroxyl radicals (∙OH) whose reaction with ∙−O

2

affords singlet oxygen (Figure 6).
Akagawa et al. [31] further found that at 37∘C and pH 7.4

various phenolic substances such as pyrogallol, pyrocatechol,
1,2,4-benzenetriol, and catechin, as well as polyphenol rich
extracts of tea and coffee, generated significant amounts of
H
2
O
2
in both the presence and the absence of metal ions.

Thus, they suggested a metal ion-free mechanism for genera-
tion of the semiquinone radical 16, consisting of an initiation
step involving a noncatalyzed oxidation of the phenolic
substance 15 by oxygen to form superoxide anion, followed

by a propagation stage involving oxidation of the phenolic
substance by superoxide anion as illustrated in Figure 6. The
generation of superoxide anion and hydrogen peroxide is not
unique to polyphenols, since even ascorbic acid undergoes
such a reaction [54]. Tyihák et al. [6] reported that the antimi-
crobial activity of phenolic substances such as cinnamic acid
and transresveratrol depends on their generation of singlet
oxygen, and this may involve reactions as depicted in
Figure 6.

7. Singlet Oxygen Formation via Dioxetanes

Dioxetanes are high energy 1,2-peroxides whose decomposi-
tion affords excited carbonyls in high yields [32]. Rác et al.
[47] recently suggested that their observed formation of sin-
glet oxygen in U937 human leukemic cells treated with H

2
O
2

or the Fenton reagent was mainly due to decomposition of
dioxetane intermediates.

Singlet oxygen formation during protein oxidation to
a large extent involves tryptophan and tyrosine residues,
and the chemiluminescence from tryptophan has long
been regarded to potentially involve a dioxetane intermedi-
ate whose decomposition affords N-formylkynurenine [32].
Michalski et al. [33] recently reported on the peroxynitrite
and superoxide-mediated conversion of tryptophan 19 via
radical 20 to bicyclic tryptophan hydroperoxide 21 (Figure 7).
Hydroperoxide 21 is also a known product of the singlet
oxygen-mediated oxidation of tryptophan, and it gets con-
verted via its hydroperoxide isomer 22, zwitterion 23, and
dioxetane 24 to N-formylkynurenine 25 [34, 55]. The latter
has a high chance of being formed in a triplet state, which will
transfer energy to O

2
and generate 1O

2
. As explained later,

hydroperoxide 23 may also participate in ozone-generating
reactions via intermediates 26 and 27.
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The formation of some fatty acid oxidation products may
be rationalized by pathways involving dioxetanyl derivatives
formed by cyclization of peroxyl radicals. The cyclization
of a model peroxyl radical derived from 3-hydroperoxy-2,3-
dimethyl-1-butene (TMEOOH), and its subsequent conver-
sion to excited carbonyls via a dioxetanyl intermediate was
demonstrated by Timmins et al. [56]. Kaur et al. [49] postu-
lated that such peroxycylization was an important pathway
for the formation of major aldehydic products of linoleic acid
oxidation, such as 9-oxononanoic acid and 4-hydroperoxy-
2-nonenal. The latter is a precursor of the highly reactive
and biologically active products, 4-hydroxy-2-nonenal and 4-
oxo-2-nonenal, hence the great interest in its mechanism of
formation [49, 50, 56–58]. It was proposed that linoleic acid
28 gets converted to peroxyl radical 29, whose cyclization
affords dioxetanyl radical 30 as a precursor of hydroperoxy
dioxetane 31, whose decomposition affords 9-oxononanoic
acid 32 and 4-hydroperoxy-2-nonenal 33 (Figure 8) [50].One
of the latter aldehydesmay be in the triplet state and thusmay
be a source of energy for conversion of triplet oxygen to sin-
glet oxygen. Lee et al. [57] found that the 13-hydroperoxide of
linoleic acid (13-LA-OOH, 34) was amajor precursor of alde-
hydes 32 and 33, with retention of the -OOH group of 34 in
33. Schneider et al. [58] further found that, during conversion
of 13-LA-OOH 34 to aldehydes 32 and 33, there was facile
conversion of hydroperoxide 34 via radicals 35 and 36

to its 8,13-dihydroperoxy-derivative 37 (Figure 8) and 8-
oxooctanoic acid was also formed. This is consistent with
another postulated pathway for the formation of hydroper-
oxyaldehyde 33 involving cyclization of peroxyl radical 36 to
form dioxetanyl derivative 38, whose decomposition affords
8-oxooctanoic acid 39 and radical 40, a precursor 33 [50].

On the other hand, there is no evidence for the forma-
tion of dioxetanyl derivatives during cholesterol oxidation
(Figure 9).

The autoxidation of cholesterol 41 proceeds via carbon-
centered radical 42 and peroxyl radical 43 to generate
cholesterol-7-hydroperoxide 44 as a major product [59, 60].
While carbon-centered radical 42 might also be expected to
isomerize and subsequently be converted via peroxyl radical
45 to cholesterol 5-hydroperoxide 46, formation of the latter
during cholesterol autoxidation is negligible, even though 46
is the major product of cholesterol oxidation by singlet oxy-
gen [59, 60]. Lack of formation of 46 during autoxidation has
been attributed to a fast rate of dissociation of oxygen from
peroxyl radical 45 [60], indicating higher stability of radical
43 than 45. Although peroxyl radical 43 is easily converted
to hydroperoxide 44, there is no evidence that the former
undergoes cyclization to form dioxetanyl derivatives 47 and
48, because aldehydic products expected from the decompo-
sition of the latter two have not been reported. This might
likewise be due to a much higher stability of radical 43 than
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radicals 47 and 48. Ozone directly converts cholesterol 41 to
the secosterol aldehyde 49 (secosterol A), which undergoes
some conversion to its aldolization product 50 (secosterol B)
[61]. Hock cleavage of cholesterol 5-hydroperoxide 46 under
acidic conditions affords mainly secosterol B 50 with minor
amounts of secosterol A 49 [61]. However, no analogous C-
C cleavage products attributable to decomposition of diox-
etanyl derivatives arising from cholesterol peroxyl radical
cyclizations are known. Thus, decomposition of cholesterol
hydroperoxides by the Russell mechanism [62] may be the
only major pathway for singlet oxygen generation from
cholesterol.

8. Singlet Oxygen Formation by
the Reaction of Superoxide Anion with
Hydrogen Peroxide

The reaction of superoxide anion with hydrogen peroxide to
form singlet oxygen, hydroxyl radical, and hydroxide ion (see

equation (6)), a modified form of the Haber-Weiss reaction,
was proposed by Kellogg and Fridovich [63] and demon-
strated upon the reaction of potassium superoxide with
hydrogen peroxide in a simple reaction system [64].However,
this reaction is controversial: Koppenol [65] registered strong
disapproval for it, mainly based on the fact that various stud-
ies found that the rate constant for theHaber-Weiss reaction is
in the order of 1M−1 s−1 or less.

9. Singlet Oxygen Formation via Cytochrome
c-Mediated Formation of Triplet Carbonyls

Cytochrome c converts carbonyls such as lipid-derived alde-
hydes to triplet carbonyls, which then transfer energy to
oxygen, thus generating singlet oxygen [66]. In fact, singlet
oxygen formation from a model membrane having polyun-
saturated fatty acid-containing cardiolipin in associationwith
cytochrome C was found to be more dependent on triplet
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carbonyls than on the decomposition of hydroperoxides via
the Russel mechanism [66].

10. Singlet Oxygen Formation by the Reaction
of Hydroperoxides with Carbonyls

Under certain conditions such as in the presence of pyrogal-
lol, lysine, tryptophan, or superoxide anions, the interaction
of H
2
O
2
with carbonyls such as formaldehyde, acetaldehyde,

glyoxal, methyl-glyoxal, and even glucose was demonstrated
to produce singlet oxygen and reactive aldehydes [51, 67–72],
and such conditions should be common in vivo: considering
that carbonyls are major lipid oxidation and glycoxidation
products, all cells have formaldehyde generating pathways
referred to as the formaldehydome [6, 69, 71], and hydrogen
peroxide is also generated through many enzymatic and
nonenzymatic reactions.The biological relevance of the reac-
tion ofH

2
O
2
with carbonyls has been demonstrated in several

studies. For example, brewed coffee and instant coffee give
strong chemiluminescence due to singlet oxygen and reactive
aldehydes [73], and themutagenicity of coffee has been partly
attributed to its content of both methylglyoxal and hydrogen
peroxide [74]. The mutagenicity of glyoxal in Salmonella was
found to be dependent on singlet oxygen generation and
that catalase or scavengers of H

2
O
2
reduced the mutagenic

effect [75]. Kim et al. [76] found mixtures of glucose and
lysine or arginine to be mutagenic and that such activity
greatly depended on the formation of hydrogen peroxide and
singlet oxygen. Maillard reaction products prepared by heat-
ing equimolar mixtures of glucose and amino acids, when
incubated with DNA under physiological conditions, were
reported to have DNA-strand breaking activity accompanied
by singlet oxygen formation [77].

Hydroperoxides are very good nucleophiles because of
the alpha effect, whereby interaction of lone electron pairs
on two adjacent oxygen atoms increases nucleophilicity [78],
and this explains the reactivity of hydrogen peroxide with
aldehydes. Trézl and Pipek [51] proposed the pathways illus-
trated in Figure 10 for the generation of singlet oxygen during

such H
2
O
2
-carbonyl reactions. First, the facile hydration

of an aldehyde (RCHO) produces a gem diol 51 which
reacts with H

2
O
2
to form a 1-hydroxyalkylhydroperoxide

52. The latter may react with another molecule of aldehyde
to form bis-1-hydroxyalkylperoxide 53 whose decomposi-
tion affords an acid and an excited aldehyde which then
participates in singlet oxygen formation. Alternatively the
1-hydroxyalkylhydroperoxide 52 is oxidized to form a 1-
hydroxyalkylperoxyl radical 54 that undergoes Russel-type
decomposition. The oxidation of formaldehyde CH

2
O by

H
2
O
2
in the presence of pyrogallol is called the Trautz-

Schorigin reaction, a very efficient source of singlet oxygen
whereby the semiquinone radical derived from pyrogallol is
responsible for oxidizing the 1-hydroxyalkylhydroperoxide 52
to form 54 [79]. Superoxide anion also enhances formation of
54 [79].

The mechanism involved in the lysine or tryptophan-
catalyzed formation of singlet oxygen from hydrogen per-
oxide and aldehyde has not been clearly defined. However,
it is conceivable that this involves the pathways suggested in
Figure 11, which is based on several known reactions.

First, the carbonyl (RCHO) reacts with the lysine (RNH
2
)

to form Schiff ’s base 55, which then adds H
2
O
2
to form

hydroperoxide 56. The latter reacts with another H
2
O
2

molecule, resulting in regeneration of lysine and formation of
a 1,1-dihydroperoxide 57. Gem dihydroperoxide 57 may also
be formed in an uncatalyzed reaction between H

2
O
2
and 1-

hydroxyhydroperoxide 52 [80, 81]. Hang et al. [82] reported
that some monosubstituted 1,1-dihydroperoxides undergo
decomposition to produce singlet oxygen in high yield. A
reaction of 57 with a gem diol may generate such mono-
substituted 1,1-dihydroperoxide 58 as a precursor of singlet
oxygen. A reaction of 57with Schiff ’s base may similarly lead
to singlet oxygen formation viamonosubstituted 1,1-dihydro-
peroxide 59.

The reaction of H
2
O
2
with formaldehyde or acrolein in

the presence of lysine also leads to the formation of formyl
lysine while acetaldehyde generates acetyl lysine [68]. Dehy-
dration of hydroperoxide 56 may lead to such carbonylated
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lysine products represented by isomeric structures 61 and 62
(this involves a hydride transfer fromcarbon to oxygen in 56).
The fact that, like formaldehyde, acrolein (2-propenal) gener-
ates formyl lysinemay be explained by the reaction illustrated
in Figure 12, whereby the acrolein-derived hydroperoxide 63
rearranges to a dioxetane intermediate 64 whose decom-
position affords formyl lysine 65 and a triplet acetaldehyde
which may also be a source of energy for singlet oxygen pro-
duction.

Eukaryotic cells synthesize polyamines such as spermine
and spermidine, which are essential for normal cell growth
and development [83, 84]. These compounds are catabolized
by polyamine oxidases such as spermine oxidase (SMO)
which catalyzes the conversion of spermine 66 to spermidine
67, H

2
O
2
, and 3-aminopropanal 68 (Figure 13) [83–85].

The coformation of these three products creates an
ideal situation for singlet oxygen according to Figure 10 or
Figure 11, since both aminopropanal and spermidine contain

the amino group, like lysine. This might be a key aspect in
the mechanism of the known polyamine-dependent devel-
opment of cancers such as gastric cancer [83, 84]. A recent
study reported that Cu (II) polypyridyl complexes reduced
the growth of breast cancer cells, and it was suggested that
this was partly due to the production of singlet oxygen or a
singlet oxygen-like compound that cleaved supercoiled DNA
[86]. The expression of SMO in these cells also reduces their
growth [87], which could likewise be due to singlet oxygen
generation.

Neutrophils employmyeloperoxidase to oxidize nearly all
amino acids found in plasma to aldehydes in high yield [88].
The reactions of these aldehydes with neutrophil-generated
hydrogen peroxide may thus be another important mech-
anism for singlet oxygen production by neutrophils.

Organic hydroperoxides (ROOH) may participate in
singlet oxygen generation through reactions related to Fig-
ures 11 and 12. For example, Kato et al. [89] reported that
the 13-hydroperoxide of linoleic acid (13-hydroperoxy-9, 11-
octadecadienoic acid, andHPODE) reacts with lysine to form
N𝜀-(hexanoyl) lysine and that this product is not formed by
reaction of preformed aldehyde with lysine in the absence of
the hydroperoxide. However, the exact mechanism of forma-
tion of this product, which is regarded to be proatherogenic
and a marker of lipid hydroperoxide-derived modifications
of biomolecules [89], has not been elucidated. As suggested
in Figure 14, formation of this adduct may begin with lysine-
catalyzed conversion of HPODE 34 to a dioxetane 69, whose
decomposition affords hexanal 70 and 12-oxo-9-dodecenoic
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acid 71, and one of these aldehydes may be in an excited
state and thus contribute to singlet oxygen formation via
energy transfer to triplet oxygen. Subsequent reaction of
hexanal 70with lysine (RNH

2
) affords corresponding Schiff ’s

base 72, whose reaction with another HPODE molecule
affords peroxide 73 which decomposes to form an alcohol
and hexanoyl-lysine 74. Formation of hexanoyl-lysine in this
manner is analogous to the formation of formyl lysine in
the reaction system consisting of formaldehyde, hydrogen
peroxide, and lysine (vide supra, [68]). 12-oxo-9-dodecenoic
acid 71 may subsequently undergo oxidation to form

12-oxo-9-hydroperoxy-dodecenoic acid 75 analogously to the
known conversion of 3-nonenal to 4-hydroperoxy-2-nonenal
[90]. The possibility that lysine catalyzes formation of dioxe-
tane 69 suggests that proteins can promote formation of toxic
aldehydic lipid oxidation products. It also indirectly supports
the feasibility of cyclization of fatty acid peroxyl radicals into
dioxetanyl radicals as shown in Figure 8.

Wang et al. [91] recently found that thermal treatment of
pure glucose or fructose solutions up to 70∘C led to formation
of both hydrogen peroxide and singlet oxygen. Using glucose
as an example, the potential mechanism for singlet oxygen
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and excited carbonyls during Maillard and glycoxidation reactions. The asterisk indicates
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generation during heating of such solutions is suggested in
Figure 15. It starts with enolization of glucose 76 to form
1,2-dienol 77. Enediols naturally transfer one electron to
an oxygen molecule, especially in the presence of oxidized
metals such as Cu2+, with formation of superoxide anion [92].
Thus, enediol 77 will be converted to dicarbonyl 78, while
dismutation of the superoxide anions will produce H

2
O
2
.

Subsequent reaction of H
2
O
2
with dicarbonyl 78 generates

keto-hydroxy-hydroperoxide 79, whose decomposition may

produce singlet oxygen analogously to the decomposition of
tyrosine hydroperoxide 13 in Figure 5.

The Maillard reaction has also been found to lead to the
production of H

2
O
2
and singlet oxygen both in vitro and in

vivo, and the Amadori product was identified as one of the
precursors of hydrogen peroxide [93]. As shown in Figure 15,
Amadori product 80 may be converted via enediol 81 to
dicarbonyl 82, with coformation of H

2
O
2
. Reaction of the lat-

ter two affords hydroxy-hydroperoxide 83 which may release
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1O
2
and convert back to enediol 81. Alternatively, 83 may

release lysine and may be converted to dioxetane 84, whose
decomposition affords ketoacid 85 and formaldehyde, which
may be in the excited state and thus contribute to singlet
oxygen formation. Enediol 81 may also react with singlet
oxygen to form dioxetane 86whose decomposition produces
erythronic acid 87 and carboxymethyllysine 88. The latter
is one of the most commonly formed advanced glycation
end products(AGEs) that are known to contribute to various
physiological disorders [94]. Dehydration of erythronic acid
87 may produce two regioisomeric deoxy-ketonic acids 89
and 90. The latter may react with singlet oxygen to produce
dioxetane 91 as a precursor of oxalic acid (HOOC-COOH),
glycolaldehyde 92, and glyoxal 93, all of which are known
products of glycoxidation [95]. Deoxy-ketonic acid 89 may,
via its ketoform, decarboxylate to formmonohydroxyacetone
94 (via the enol form of the latter), whose oxidation produces
methylglyoxal 95. Since the formation of the highly reactive
glyoxal 93 and methylglyoxal 95 is accompanied by H

2
O
2

formation, singlet oxygen formation according to Figures 10
and 11 will thus also occur during Maillard reaction.

Treatment of cultured U937 human leukemic cells or
humanmultiplemyeloma cells withH

2
O
2
was found to cause

singlet oxygen from both the cells and medium components,
and this was not dependent on lipid oxidation [47, 96]. The
mechanisms in Figures 10, 11, and 15 may be involved in such
systems.

11. Evidence for Endogenous Ozone Formation
and the Potential Mechanisms Involved

Wentworth et al. [7] were the first to suggest the possibility
of the formation of ozone (O

3
) in biological systems. One

of their key pieces of evidence was that, in solutions of anti-
bodies exposed to singlet oxygen, there was generation of a
large amount of hydrogen peroxide, the occurrence of higher
bactericidal activity than what could be attributed exclusively
to H
2
O
2
, as well as the oxidation of cholesterol to secosterol

aldehyde A (49 in Figure 9), a well-known product of the
ozonolysis of cholesterol. They referred to the generation of
H
2
O
2
and ozone under such circumstances as the antibody-

catalyzedwater oxidation pathway and proposed the idea that
this involves an initial reaction of water with 1O

2
to form

dihydrogen trioxide (H
2
O
3
) and that decomposition of the

latter affords H
2
O
2
and O

3
(see equation (7)). This reaction

was suggested to occur in a hydrophobic site in the antibody
molecule, where theH

2
O
3
would be shielded from hydrolysis

and facilitated to undergo the conversion to H
2
O
2
and O

3

[97]. Although antibodies produce much more H
2
O
2
and O

3

than other proteins [7], Yamashita et al. [8] reported that anti-
body catalysis is not essential for this reaction, but rather the
presence of one of four amino acids: histidine, tryptophan,
cysteine, or methionine. On the other hand, various authors
have expressed reservations concerning the generation of
ozone under such systems, for example, based on the fact that
the catalytic mechanisms for the antibody- or amino acid-
catalyzed water oxidation remain ill-defined [1, 3, 35, 37].
Others have reported that cholesterol 5-hydroperoxide 46, a
product of the oxidation of cholesterol by singlet oxygen,

can also decompose to generate secosterol aldehydes [98,
99]. On the other hand, it has been shown that reaction
of cholesterol with ozone predominantly generates secos-
terol A while decomposition of cholesterol-5 hydroperoxide
predominantly generates secosterol B [61]. The fact that
secosterol A is the predominant secosterol detected in human
tissues and is formed by neutrophils in vitro thus supports
the formation of endogenous ozone [61, 100]. There is also
indirect evidence consistent with the formation of ozone in
plant leaves or in the cyanobacterium SynechocystisPCC6803
during light-induced damage to their PS II, because singlet
oxygen and tryptophan or histidine residues, respectively, are
involved [34]. Unlike other commonly generated ROS that
only generate single strand breaks in DNA, ozone generates
both single strand and double strand breaks [101, 102]. The
addition of L-histidine to cultured mammalian cells exposed
to H
2
O
2
results in DNA double strand breaks [103–105], and

this might be related to histidine-mediated ozone generation
in the presence of singlet oxygen.

A BioArena system is an overpressured layer chromatog-
raphy (OPLC) systemwhich enables observation of biochem-
ical interactions between microorganisms and biologically
active compounds in an adsorbent layer covered with the
microorganisms [106]. Using such a system, it was found
that formaldehyde, singlet oxygen, and ozone are formed
in the interaction between microorganisms and antibiotic
substances such as resveratrol and cinnamic acid and that
ozone-trapping compounds greatly reduce the antimicrobial
effect [6, 69, 71, 72]. Based on results from the BioArena sys-
tem, ozone is considered to be an indispensable endogenous
molecule that can be detected and measured in practically all
biological systems [6, 71, 72]. Moreover, in directly detecting
ozone formation by plant leaves through GC-MS-SIM, Balla
and Tyihák [4] have added direct proof for the formation of
ozone in biological systems. Thus, the current evidence for
endogenous ozone is enough towarrant further studies on the
mechanisms of its formation and biological effects.

As already mentioned, a number of questions remain
unanswered regarding the antibody-/amino acid-catalyzed
water oxidation pathway for ozone generation. Moreover,
decomposition of dihydrogen trioxide (H

2
O
3
), the proposed

key precursor of ozone in both aqueous and organic solvents,
has only been shown to produce singlet oxygen and water
rather than hydrogen peroxide and ozone [107]. In response
to these challenges, a new concept for ozone formation
was recently suggested, involving the oxidation of organic
substrates such as aldehydes or amino acids to form oxidized
intermediates, and the subsequent singlet oxygen-mediated
deoxidation of the oxidized intermediates to produce ozone,
whose subsequent decomposition in water affords hydrogen
peroxide [34]. For example, an aldehyde (RCHO) may be
converted to a peroxyacid [RC(O)OOH] through a radical
pathway [48] or by reacting with singlet oxygen [108], and
the peroxyacid may undergo a Bayer-Villiger type reaction
with singlet oxygen to produce an acid and O

3
(Figure 16)

[34]. The significance of this mechanism is that it might
generate ozone inmany of the situationswhere singlet oxygen
is formed in the presence of aldehydic compounds such as in
Figures 10–15. Detailed potential mechanisms for histidine-,
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Figure 16: Mechanism of O
3
formation by 1O

2
-mediated deoxida-

tion of a peroxyacid [34].

methionine-, and tryptophan-mediated ozone production
have been proposed [34]. As an example, part of the reaction
scheme for the tryptophan-dependent ozone generation is
given in Figure 7. Thus, 1O

2
, acting as an electrophile, deoxi-

dizes zwitterion 23 and alkoxide 26, resulting in formation of
two O

3
molecules and regeneration of tryptophan.

12. The Significance of Endogenous Singlet
Oxygen and Ozone in Human Health

Harman [109] proposed the free radical theory of aging
(FRTA) that considers free radical-induced damage to key
biomolecules such as DNA and proteins as having a causative
role in aging and reduced lifespan. A modified version
of the FRTA is the mitochondrial free radical theory of
aging (MFRTA), which considers the mitochondrion as the
primary source and target of the damaging free radicals [110].
Formation of reactive oxygen species (ROS) from the electron
transport chain (ECT) is the basis of the FRTA and MFRTA
[111].

As high as 1–5% of consumed oxygenmay be converted to
superoxide anions, which are readily converted to H

2
O
2
, and

the latter is the principal mediator of cellular oxidative stress
[111–113]. Reactive nitrogen species are also formed in the
mitochondrion, since there is facile diffusion of nitric oxide
(NO) to this organelle [114], and the presence of nitric oxide
synthases has been demonstrated in mitochondria from
various tissues in rats or mice [115, 116] as well as in cultured
human cells [117]. In mitochondria, NO increases the forma-
tion of superoxide anions and H

2
O
2
[118]. Thus, there exists

suitable conditions in the mitochondria for the diffusion-
controlled reaction of NO and superoxide anions to form
peroxynitrite (see equation (4)) [114, 119] and subsequent
reaction of the latter with H

2
O
2
to generate singlet oxygen

(see equation (5)) as one of the mitochondrial ROS. Perox-
ynitrite also initiates lipid oxidation [120] and may thus lead
to further formation of singlet oxygen in the mitochondria
by the Russel mechanism, or activation of lipid-derived car-
bonyls by cytochrome c oxidase, or the reaction of hydrogen
peroxide with such carbonyls. In agreement with the opera-
tion of such mechanisms of singlet oxygen formation in the
mitochondria, the superoxide anion-dependent formation
of this ROS was demonstrated in mitochondria of rat liver
and small intestine [121]. Additionally, Berneburg et al. [122]
found that exposing normal human fibroblasts to sublethal
doses of UVA led to singlet oxygen-dependent deletion of
a 4,977-base pair in mitochondrial DNA, which is a com-
mon mutation associated with photoaging of human skin.
The major product of mitochondrial DNA oxidation is

7,8-dihydro-8-oxoguanine (8-oxoG) [111, 123], and singlet
oxygen contributes predominantly to the formation of this
compound in DNA [124]. Although the reaction of hydroxyl
radical with DNA also produces some 8-oxoG, this is a minor
reaction [124, 125]. Thus, singlet oxygen should be an impor-
tant contributor to aging according to the MFRTA. Besides,
generation of singlet oxygen in the presence of carbonyls,
amino acids, and proteins in the mitochondrion provides
an environment for the generation of mitochondrial ozone,
whichmight contribute tomitochondrial DNAdouble strand
breaks.

TheMFRTA has been used to explain the fact that dietary
supplementation with antioxidants has not clearly shown
antiaging effects, in that the dietary antioxidants may not
effectively reach themitochondria, themain sites of ROS gen-
eration, and age-related damage [110, 126]. In support of this,
mice overexpressing mitochondria-targeted catalase were
found to have improved lifespan, delayed cardiac pathology,
and delayed cataract development [126, 127]. The beneficial
effects ofmitochondria-directed catalasemight in part be due
to reduced singlet oxygen and ozone, since H

2
O
2
participates

in a good number of the singlet oxygen-generating pathways
(vide supra).

Another concept that is currently gaining ground is that
of mitochondrial hormesis or mitohormesis, which suggests
that low levels of reactive oxygen species such as superoxide
anions are in fact part of normal physiology and are beneficial
for longevity andmetabolic health [126, 128–130].The essence
of this is that, at low levels, ROS act as signaling molecules
that promote resistance to oxidative stress through increased
endogenous antioxidant defense [126]. Hence, effects of ROS
may be biphasic, whereby low levels are considered to be
beneficial while high levels are detrimental [129]. Such an
effect was demonstrated by treatment of elderly patients with
a small amount of ozone by rectal sufflation, which resulted in
improved antioxidant status and reduced biomarkers of lipid
and protein oxidation [131]. A similar treatment was found
to reduce the glycemic index and oxidative stress in diabetic
patients [132]. Such beneficial effects of ozone therapy were
suggested to be a result of themoderate oxidative stress under
such conditions activating the nuclear factor-erythroid 2-
related factor 2 (Nrf2), which then induces transcription of
the antioxidant response elements (ARE), resulting in the
production of numerous antioxidant enzymes including cata-
lase as well as phase II detoxification enzymes and heat shock
proteins [133]. However, more work is needed to determine
the boundaries between the beneficial levels of ROS and the
deleterious levels that promote physiological disorders.

As already mentioned, singlet oxygen generated photo-
dynamically in the skin contributes to photoaging of the
skin, and this at least partly occurs as follows: 1O

2
reacts

with cholesterol to form cholesterol-5-hydroperoxide, which
induces expression of matrix metalloproteinase-9 (MMP-9),
which in turn degrades collagen and thereby induces the
formation of wrinkles and sagging [2, 22]. Singlet oxygen also
induces photoaging-associated mutations in mitochondrial
DNA [122]. Porphyrias are rare diseases involving a disorder
in heme synthesis and are manifested by accumulation of
porphyrins in tissues [134]. During cutaneous porphyrias,
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there is enhanced photosensitivity due to singlet oxygen
formation [134].

Singlet oxygen-specific linoleic acid oxidation products,
10-hydroperoxy-8(E), 12(Z)-octadecadienoic acid (10-(E,Z)-
HPODE), and 12-hydroperoxy-9(Z), 13(E)-octadecadienoic
acid (12-(Z,E)-HPODE) have been found to be suitable
biomarkers for the evaluation of the early stages of diabetes,
underscoring the role of singlet oxygen in the pathogenesis
of this disorder [135, 136]. Further, fasting levels of 10-(E,Z-
HPODE) and 12-(Z,E)-HPODE, together with insulin and
leptin/adiponectin, are excellent predictors of the risk for type
II diabetes, glucose intolerance, and insulin resistance [137,
138]. Patients with diabetes are prone to other diseases and
physiological disorders including atherosclerosis, cardiovas-
cular diseases, chronic kidney disease, retinopathy, and skin
disorders [139].Therefore, by contributing to glucose intoler-
ance, insulin resistance, and type II diabetes, singlet oxygen
may be contributing to a much wider range of chronic
diseases.

Recently, the catabolism of polyamines has been linked
to the development of some cancers such as gastric cancer,
prostate cancer, and colon cancer [84, 85, 140]. Human
spermine oxidase isoforms were found to be localized in the
nucleus where they generate reactive oxygen species close to
DNA and nuclear proteins [85]. Spermine oxidase-catalyzed
catabolism of spermine thus generates products that can react
to produce singlet oxygen and ozone in the nucleus. Hence,
singlet oxygen and ozone might play a key role in spermine
oxidase-dependent cancers.

Since singlet oxygen is a precursor of endogenous ozone,
some of the biological activities attributed to singlet oxygen
might be directly mediated by ozone or ozonolysis prod-
ucts. High levels of cholesterol secosterols A and B have
been detected in human atherosclerotic tissues and shown
to be proatherogenic [141]. The fact that secosterol A is
the predominant secosterol in human tissues [61, 62, 100]
indicates a much greater role for ozone than singlet oxygen
in the in vivo formation of the secosterols because even the
secosterol B detected in such systems is at least partly formed
by aldolization of secosterol A. A possible reason for the in
vivo predominance of secosterol A is that, while cholesterol
hydroperoxide-5, a direct precursor of secosterol B, may be
easily formed in tissues, its Hock cleavage is favored by acidic
conditions, which may not be common in most tissues. The
fact that Tomono et al. [142] observed a time-dependent
increase of the secosterols in plasma of mice after injection
of lipopolysaccharide indicates that ozone formation is easily
initiated during inflammation.

The secosterols A and B induce endothelial cell dys-
function by promoting apoptosis and inhibiting endothelial-
dependent arterial relaxation [143]. These products are ele-
vated in brain tissues of Alzheimer’s disease patients, and it
was demonstrated that they may trigger the disease by induc-
ing proteinmisfolding [144]. Elevated levels of the secosterols
are found in Lewy body dementia brain tissues, where they
accelerate alpha-synuclein fibrillization [145].The secosterols
bind to the p53 protein and induce it to misfold and lose the
ability to bind to a consensus DNA sequence, signifying that
they may contribute to cancers where wild-type inactivation

of p53 occurs, such as breast cancer, colon cancer, colon
adenoma, and neuroblastoma [146]. The secosterols and
their acidic oxidation products are strongly cytotoxic against
various human cell lines, and it was concluded that, during
inflammation, cell death caused by them may contribute to
further tissue damage and development of disease [147]. For-
mation of Schiff ’s bases between the secosterols and myelin
basic protein (MBP) induces myelin instability and might
contribute to the onset and progression of multiple sclerosis
[148].

Despite the generally harmful effects of high levels of
ROS, organisms employ high ROS levels in certain patholog-
ical situations in an attempt to restore normal physiological
conditions. For example, singlet oxygen and ozone are pro-
duced by activated humanneutrophils, where they are impor-
tant for the destruction of bacteria during acute infections [7,
149].The use of photodynamic therapy (PDT) in cancer treat-
ment relies on the generation of singlet oxygen in the tissues
to destroy cancer cells, and when PDT involves use of sen-
sitizers conjugated to antibodies, ozone generation might be
equally important [34].

13. The Influence of Dietary Factors on
the Formation and Effects of Endogenous
Singlet Oxygen and Ozone

Some dietary factors promote inflammation and oxidative
stress, while others are anti-inflammatory and protective
against oxidative stress. Generally, the proinflammatory fac-
tors may promote while the anti-inflammatory factors may
inhibit the formation of singlet oxygen and ozone. More
specifically, some of the dietary factors, such as carotenoids,
act as quenchers of singlet oxygen. Such substances will
prevent ozone formation and dysfunctions associated with
singlet oxygen. Dietary carotenoids have been shown to
easily accumulate in the skin, where they prevent the singlet
oxygen-associated photoaging [2, 22, 150]. Just as singlet
oxygen plays a role in the development of diabetes (vide
supra), adequate dietary carotenoids have been reported
to reduce the risk for type II diabetes and the metabolic
syndrome [151–153]. Besides their singlet oxygen-quenching
ability, carotenoids also have anti-inflammatory activity by
interfering with the NF-𝜅B pathway [154]. Beta carotene
was reported to prevent ozone-induced proinflammatory
markers in murine skin [155].

On the other hand, alcohol consumption lowers the levels
of carotenoids in the human skin and increases the risk
for sunburn and potentially skin cancer [156]. Alcohol con-
sumption and cigarette smoking also lower serum carotenoid
levels [157]. By lowering carotenoids, alcohol consumption
and cigarette smoking reduce singlet oxygen quenching and
may promote ozone formation. Moreover, since ethanol is
metabolized to acetaldehyde, there are increased blood levels
of acetaldehyde after alcohol consumption [158] and this
may promote production of ROS. Alcohol consumption is
also associated with oroesophageal squamous cell carcinoma,
gastric cancer, and colorectal cancer, whichmay be partly due
to induction of ROS production by ethanol or its metabolite,
acetaldehyde [159–161].
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Helicobacter strains expressing the virulence factor
cytotoxin-associated geneA (Cag-A) stimulate the expression
of spermine oxidase in gastric epithelial cells and promote
ROS generation and DNA damage in these cells, thereby
increasing gastric cancer risk [83]. SMO expression also con-
tributes to ulcerative colitis, an inflammatory condition that
is associated with colon cancer [162]. The bacterium Entero-
coccus faecalis produces large amounts of superoxide anions
and hydrogen peroxide in the colon and this causes DNA
damage in luminal cells of the colon [163].The large amounts
of H
2
O
2
may promote 1O

2
andO

3
formation in that environ-

ment. In addition, some colon microorganisms convert bile
components into metabolites that are carcinogenic, partly by
inducing ROS generation [164]. Consumption of foods con-
taining probioticmicroorganismsmay reduce oxidative stress
in various ways including inhibiting the growth of oxidative
stress-inducing microorganisms [164, 165].

High fat and high carbohydrate diets are associated with
increased postprandial inflammation and oxidative stress
[166]. Hence, such diets may promote the generation of sin-
glet oxygen and ozone, besides other ROS. The consumption
of foods rich in Maillard oxidation products may also con-
tribute to endogenous singlet oxygen and ozone generation
because dietary advanced glycation end products promote
oxidative stress and inflammation through interaction with
the receptor for advanced glycation products in a variety of
cells, resulting in oxidative stress involving superoxide anion
and H

2
O
2
formation [167–169].

Various dietary phenolic substances are recognized as
powerful antioxidants mainly by their scavenging of free
radicals. On the other hand, these phenolic substances also
have prooxidant activity in that they can react with oxygen to
generate superoxide anions, hydrogen peroxide, and singlet
oxygen [31, 52, 53].Thus, consumption of coffee or tea, which
is rich in these phytochemicals, also means consumption of
substantial amounts of hydrogen peroxide and perhaps sin-
glet oxygen [73, 74]. Nevertheless, the consumption of foods
rich in such substances, such as fruits and vegetables, and
even tea and coffee hasmainly been associatedwith beneficial
effects [170–172]. This is because, apart from direct antiox-
idant or prooxidant activity, these compounds also affect
cellular physiology by signaling pathways. For example, they
may inhibit redox-sensitive transcription factors and proox-
idant enzymes such as xanthine oxidase or nitric oxide syn-
thase [171] and/or induce expression of antioxidant enzymes
and phase II detoxification enzymes [170–172]. Phytochem-
icals in virgin olive oil were found to lower postprandial
inflammation by reducing postprandial plasma lipopolysac-
charide levels [173].

14. Conclusion

Singlet oxygen may be commonly generated in tissues
through a range of enzymatic and nonenzymatic reactions,
and, at least based on the in vivo formation of cholesterol sec-
osterol aldehydes, ozone formation also seems to be impor-
tant. Endogenous overproduction of these two oxidants
likely plays important roles in the pathogenesis of physio-
logical disorders such as diabetes, cardiovascular diseases,

skin photoaging, and some cancers. Consumption of foods
rich in singlet oxygen quenchers and components with
anti-inflammatory activities, including probiotics, may help
reduce the negative effects of high levels of these oxidants.
Phytochemicals that generate low levels of these oxidants
might also be useful for cellular adaptation to oxidative stress
and prevention of physiological disorders.
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The transcription factor BTB and CNC homology 1 (Bach1) regulates genes involved in the oxidative stress response and cell-cycle
progression. We have recently shown that Bach1 impairs cell proliferation and promotes apoptosis in cultured endothelial cells
(ECs), but the underlying mechanisms are largely uncharacterized. Here we demonstrate that Bach1 upregulation impaired the
blood flow recovery from hindlimb ischemia and this effect was accompanied both by increases in reactive oxygen species (ROS)
and cleaved caspase 3 levels and by declines in the expression of cyclin D1 in the injured tissues.We found that Bach1 overexpression
induced mitochondrial ROS production and caspase 3-dependent apoptosis and its depletion attenuated H

2
O
2
-induced apoptosis

in cultured human microvascular endothelial cells (HMVECs). Bach1-induced apoptosis was largely abolished when the cells were
cultured with N-acetyl-l-cysteine (NAC), a ROS scavenger. Exogenous expression of Bach1 inhibited the cell proliferation and the
expression of cyclin D1, induced an S-phase arrest, and increased the expression of cyclin E2, which were partially blocked by NAC.
Taken together, our results suggest that Bach1 suppresses cell proliferation and induces cell-cycle arrest and apoptosis by increasing
mitochondrial ROS production, suggesting that Bach1 may be a promising treatment target for the treatment of vascular diseases.

1. Introduction

The transcription factor BTB and CNC homology 1 (Bach1)
regulates genes involved in apoptosis, the oxidative stress
response, mitotic chromatin dynamics, and the cell-cycle [1–
5]. Previous studies suggest that Bach1 deficiencymay protect
against oxidative tissue damage in murine models of lung,
liver, intestine, pancreas, and cardiovascular disease [6–11],
and we have shown that Bach1 suppresses angiogenesis in
mice with surgically induced hindlimb ischemia (HLI) [2].
Our results also indicate that Bach1 disrupts Wnt/𝛽-catenin
signaling and that this disruption reduces the proliferation,
migration, and tube formation activity of endothelial cells
(ECs) [12]. Bach1 upregulation also increased apoptosis in
cultured ECs, but themechanisms involved in Bach1-induced
EC apoptosis are largely uncharacterized.

Physiological levels of reactive oxygen species (ROS),
such as superoxide, hydrogen peroxide, and hydroxyl radical,
are required for normal endothelial activity [13]; for example,
we have shown that inhibition of NADPH oxidase subunit
4, which is among the most prominent sources of ROS
production in the endothelium [14], impairs the migration,
proliferation, and tube formation of human microvascular
endothelial cells (HMVECs) [15]. However, the high ROS
levels caused by inflammation and the response to ischemic
injury appeared to impair neovascularization in the ischemic
limbs ofmice [16, 17] by inducing endothelial dysfunction and
apoptosis [17]. The role of ROS in Bach1-induced apoptosis
has not been investigated. Thus, in the present study, we
conducted a series of analyses in a murine HLI model and
in cultured HMVECs to determine whether the proapoptotic
activity of Bach1 in ECs is mediated by ROS production.
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2. Materials and Methods

2.1. Reagents. N-Acetyl-L-cysteine (A7250), H
2
O
2
(88597),

and the 𝛽-actin antibody (A5316) were purchased from
Sigma-Aldrich (St. Louis, MO). Dihydroethidium (DHE,
D1168) and MitoSOX Red (M36008) were obtained from
Invitrogen (Carlsbad, CA). Antibodies against Bach1 (sc-
14700), Bcl2 (sc-7382), Bcl-xL (sc-8392), HO-1 (sc-1796),
cyclin D1 (sc-20044), cyclin E2 (sc-28351), cyclin B1 (sc-
595), CDK2 (sc-163), CDK4 (sc-601), CDK6 (sc-177), p21
(sc-397), p53 (sc-126), the human Bach1 siRNA (sc-37064),
and the control siRNA were obtained from Santa Cruz
Biotechnology (Santa Cruz, CA). Antibodies against cleaved
caspase 3 (9664) and cyclin A2 (4656) were obtained from
Cell Signaling (Beverly, MA). The recombinant adenoviruses
coding for human Bach1 (Ad-GFP-Bach1) or GFP (Ad-GFP)
were purchased from GenePharma (Shanghai, China).

2.2. Cells. Human microvascular endothelial cells
(HMVECs) were immortalized with the human telomerase
catalytic protein (hTERT) [18] and obtained as a kind
gift from Dr. Rong Shao (University of Massachusetts,
Springfield, MA). The cells were cultured as described
previously.

2.3. Mice. Eight-week-old male C57BL/6J mice were
obtained from the Nanjing Biomedical Research Institute
of Nanjing University (Nanjing, China) and housed in a
standard, pathogen-free facility. All experimental procedures
were approved by the Ethics Committee of Experimental
Research at Fudan University Shanghai Medical College and
were consistent with US National Institutes of Health “Guide
for the Care and Use of Laboratory Animals.”

2.4. Transfection and Viral Transduction of ECs. HMVECs
were transfected with the Bach1 siRNA (100 nmol/L) or the
nontargeting negative control siRNA (100 nmol/L) using the
Lipofectamine 2000 transfection reagent according to the
manufacturer’s instructions (Invitrogen, Carlsbad, CA). The
transfection medium was replaced after six hours by EBM-2
medium and the cells were incubated for another 72 hours.
Transfection efficiency was verified using reverse transcrip-
tion polymerase chain reaction andWestern blotting. For the
viral transduction, cells were infected with the adenoviruses
(Ad-Bach1 or Ad-GFP) at an MOI of 25. At 72 h after infec-
tion, cell viability was assessed. No detectable cellular toxicity
was observed. Transduction was verified via GFP expression.

2.5. Cell Proliferation. EC proliferation was determined by
bromodeoxyuridine (BrdU) incorporation into newly syn-
thesized DNA. HMVECs were seeded in a 96-well plate in
culture medium; then BrdU was added to each well and
incubated with the cells for six hours. BrdU incorporation
was evaluated according to the manufacturer’s instructions
(Calbiochem, San Diego, CA).The absorbance was measured
at 450 nmusing a spectrophotometermicroplate reader. Each
experiment was performed in triplicate, and each assay was
performed three independent times.

2.6. Cell-Cycle Profile. HMVECs were harvested and fixed in
70% ethanol for 1 h at 4∘C and then stained with a solution
containing 0.05mg/mL propidium iodide, 1mg/mLRNaseA,
and 0.3% Triton X-100 in the dark for 1 h. The percentage
of cells in different phases of the cell-cycle was examined
by measuring the DNA content (propidium iodide intensity)
with a flow cytometer (Beckman Coulter, Brea, CA), and
populations of G1, S, and G2/M phase cells were determined
with the ModFIT software. Each experiment was repeated
three independent times.

2.7. Apoptosis Analysis. Cells were incubated with propidium
iodide and annexinV-PE for 15min at 37∘C; then, the samples
were analyzed with a flow cytometer (Beckman Coulter), and
the percentage of cells that were positive for annexin V was
calculated. Each experiment was performed in triplicate, and
each assay was performed three times. To evaluate apoptosis
in ischemic muscles, cleaved caspase 3 levels in skeletal
muscle tissue homogenates were measured using Western
blotting.

2.8. Measurement of Intracellular ROS Levels. ROS produc-
tion was monitored via the dihydroethidium (DHE) assay
as described previously [19]. Briefly, the cells were incubated
with DHE (5 𝜇M) for 20min in a light-protected humidified
chamber at 37∘C and then harvested and resuspended in PBS;
then, DHE fluorescence was excited at 535 nm andmonitored
at 610 nmwith a flow cytometer (BeckmanCoulter).TheROS
levels were expressed as the fold change relative to the control.
MitoSOX Red was used to measure mitochondrial ROS
production [20]. HMVECs were loaded with MitoSOX Red
(5 𝜇M) for 15min in a light-protected humidified chamber at
37∘C, followed by washout. Cells were then incubated with
Hoechst 33258 before image acquisition. Confocal images
were obtained by excitation at 510 nm and measuring the
emitted light at 580 nm with identical parameters for all
samples. MitoSOX Red fluorescence was measured in five
different areas in each sample. Immunofluorescence intensity
of MitoSOX was analyzed by ImageJ software (NIH). Flu-
orescent levels were expressed as percent increase over the
control. Each experiment was performed three times in three
replicate wells.

2.9. Western Blot Analysis. Western blot analysis was per-
formed as described previously [21]. Briefly, cells or tissue
homogenates were lysed with RIPA buffer; then, the proteins
were separated via SDS-PAGE, labeled with the correspond-
ing antibodies and detected via chemiluminescence with a
Tanon-5500 Imaging System (Tanon Science & Technology
Ltd., Shanghai, China). Band intensities were quantified with
the ImageJ software and normalized to the control. Each
experiment was performed three times.

2.10. Murine Ischemic Hindlimb Model. Unilateral hindlimb
ischemia was induced via femoral artery ligation as described
previously [12], and then the animals were randomly assigned
to treatment with intramuscular injections of Ad-Bach1 or
Ad-GFP (2 × 108 plaque-forming units in 40 𝜇L per mouse;
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𝑛 = 12 per experimental group). Injections were adminis-
tered in the gastrocnemius muscle and the adductor muscle
immediately after HLI induction.

Blood flow measurements were performed at the indi-
cated time points with a MoorLDI2-2 laser Doppler imaging
system (Moor Instruments, Devon, UK); the mice were euth-
anized with sodium pentobarbital (50mg/kg i.p.) and main-
tained at 37∘C on a heating plate to minimize temperature
variation. Measurements in the ischemic limb were normal-
ized to measurements in the nonischemic, contralateral limb.

Mice were sacrificed on day seven or 14 postsurgery and
adductor muscles were harvested and snap frozen in OCT
compound for cryosectioning. ROS levels were determined
via DHE fluorescence. Briefly, the unfixed tissues were cut
into 10 𝜇M thick sections and incubated with DHE (2𝜇M)
at 37∘C for 30min in a light-protected humidified chamber.
Pictures from five random fields of each section and four sec-
tions per mouse were taken using a fluorescence microscope.
Positive staining was quantified by measuring the percentage
of positive staining/mm2 using the ImageJ software.

2.11. Statistical Analysis. Data are presented as the mean ±
SEM. Comparisons between 2 groups were evaluated for
significance with the t-test. Differences among groups were
determined with one-way analysis of variance followed by
Bonferroni post hoc test. Differences between groups were
considered significant when 𝑃 < 0.05. Analyses were
performed using GRAPHPAD Prism Version 5.0 (GraphPad
Software, La Jolla, CA).

3. Results

3.1. Bach1 Overexpression Promotes ROS Production and
Apoptosis in the Ischemic Limbs of Mice. Recently, we have
shown that Bach1 disrupts Wnt/𝛽-catenin signaling and
impedes angiogenesis in a murine model of hindlimb
ischemia (HLI) [12]; however, Bach1 is also known to partici-
pate in the oxidative stress response [6], cell-cycle regulation
[3, 5], and apoptosis [8].Thus, we investigatedwhethermech-
anisms involved in ROS production, cell-cycle progression,
and apoptosis can be altered by upregulating Bach1 in the
ischemic limbs ofmice.UnilateralHLIwas surgically induced
by ligating the femoral artery in one hind limb, and then
the injured limb was treated with intramuscular injections
of adenoviruses coding for Bach1 (Ad-Bach1) or GFP (Ad-
GFP) or an equal volume of normal saline (NS); two weeks
later, perfusionmeasurements confirmed that blood flowwas
significantly lower in the injured limbs of Ad-Bach1 mice
than in the injured limbs of mice treated with Ad-GFP or NS
(Figure 1(a)). Cells with elevatedROS levels were significantly
more common after treatment with Ad-Bach1 than after Ad-
GFP or NS injection (Figures 1(b) and 1(c)), and Ad-Bach1
treatment was associated with significantly greater levels of
cleaved caspase 3 (Figure 1(d)), which promotes apoptosis,
and with lower levels of cyclin D1 (Figure 1(d)), which is
required for progression through the G1 phase of the cell
cycle. Thus, Bach1 overexpression appears to impede the
angiogenic response to ischemic injury by increasing cellular

ROS production, promoting apoptosis, and disrupting cell-
cycle progression.

3.2. Bach1 Promotes Mitochondrial ROS Production and
Apoptosis in Cultured ECs. The results from our previous
investigation suggested that when Ad-Bach1 was delivered
to the ischemic limbs of mice, the vectors tended to be
expressed by ECs [12].Thus, we performed a series of in vitro
experiments to determine whether ROS levels, apoptosis, and
cell-cycle progression can be altered in ECs by manipulating
Bach1 expression. The effect of Bach1 upregulation was
evaluated by comparing assessments in Ad-Bach1 infected
andAd-GFP infectedHMVECs, while Bach1 downregulation
was evaluated by performing experiments in HMVECs that
had been transfected with Bach1 siRNA (Bach1siRNA) or a
control siRNA (Con siRNA).

Bach 1 overexpression appeared to promote apop-
totic nuclear condensation (Figure 2(a)) and cell apopto-
sis (Figure 2(b)), and cleaved caspase 3 levels (Figure 2(c))
and intracellular ROS levels (Figure 3(a)) were significantly
higher in populations of Ad-Bach1 HMVECs than in Ad-
GFPHMVECs. MitoSOX Red, a redox fluorophore detecting
selectively mitochondrial superoxide, was used to evaluate
mitochondrial ROS generation in HMVECs. The fluores-
cence intensity of MitoSOX Red was significantly higher
in Ad-Bach1 HMVECs than that in Ad-GFP HMVECs
(Figure 3(b)), indicating that Bach1 increases mitochondrial
ROS levels. The higher levels of Bach1 expression was
also associated with declines in expression of the apop-
tosis inhibitors Bcl2, Bcl-xL, and heme oxygenase 1 (HO-
1) (Figure 2(c)). However, when Ad-Bach1 HMVECs were
cultured with the ROS scavenger N-acetyl-L-cysteine (NAC;
10mM), mitochondrial ROS levels (Figure 3(b)), cell apop-
tosis (Figure 3(c)), and cleaved caspase 3 levels (Figure 3(d))
declined significantly.

Measurements in Bach1siRNA- and Con siRNA-trans-
fected cells were generally similar under normal culture
conditions, but when oxidative stress was induced by cul-
turing the cells with 500 𝜇M hydrogen peroxide, Bach1
silencing was associated with significant declines in ROS
levels (Figure 4(a)), cell apoptosis (Figure 4(b)), and cleaved
caspase 3 levels (Figure 4(c)). Collectively, these observations
suggest that Bach1 activates ROS-dependent apoptotic signal-
ing pathways in ECs.

3.3. Bach1 Disrupts Cell-Cycle Progression and Limits Prolifer-
ation in Cultured ECs. Bach1 overexpression was associated
with a significant decline in cell proliferation (Figure 5(a)),
and this decline was partially abolished by culturing the
cells with NAC (Figure 5(b)). However, cell proliferation
was significantly greater in Bach1siRNA than in Con siRNA
HMVECs (Figure 5(c)), even though apoptosis rates for the
two cell populations were similar (Figure 4(b)). Bach1 over-
expression also caused a decrease of cells in the G0/G1 phase
and an increase of cells in the S phase, and this S-phase cell-
cycle arrest was partially blocked by concurrent treatment
with NAC (Figures 5(d) and 5(e)). Furthermore, cyclin D1
levels were significantly reduced in Ad-Bach1 HMVECs but



4 Oxidative Medicine and Cellular Longevity

Bl
oo

d 
flo

w
 ra

tio
 (H

LI
/n

on
-H

LI
) 

0 7 14
0.0

0.2

0.4

0.6

0.8

1.0

1.2

Before HLI (Day)

Ad-GFP
NS

Ad-Bach1

∗

∗∗

(a)

Ad-GFP

HLI

NS

Ad-Bach1

Non-HLI

(b)

NS Ad-GFP Ad-Bach1
0

1000

2000

3000

∗

Non-HLI
HLI

D
H

E+
ce

lls
/m

m
2

(c)

Figure 1: Continued.



Oxidative Medicine and Cellular Longevity 5

NS Ad-GFP Ad-Bach1
0

1

2

3

4

∗

Cl
ea

ve
d 

ca
sp

as
e 3

 p
ro

te
in

 le
ve

l
(n

or
m

al
iz

ed
, N

S,
 H

IL
 =

1
)

Cleaved caspase 3

Cyclin D1

HLI + + +

Bach1

NS Ad-GFP Ad-Bach1

𝛽-actin

− − −

0.00

0.25

0.50

0.75

1.00

1.25

NS Ad-GFP Ad-Bach1

∗∗

Cy
cli

n 
D

1 
pr

ot
ei

n 
le

ve
l

(n
or

m
al

iz
ed

, N
S,

 n
on

-H
IL

 =
1

)

Non-HLI
HLI

(d)

Figure 1: Bach1 overexpression promotes ROS production and apoptosis in the ischemic limbs of mice. Eight-week-old male C57BL/6 mice
were subjected to hindlimb ischemia (HLI). GFP, Bach1 adenovirus, or saline (NS) was injected into the adductor and gastrocnemius muscles
immediately after surgery. (a) Bach1 inhibited blood flow restoration after HLI. Blood flows of ischemic and nonischemic limbweremeasured
with a laser Doppler imaging system at 0, 7, and 14 days after surgery. Ratios of blood flow from ischemic hindlimb to nonischemic hindlimb
are shown (𝑛 = 12; ∗𝑃 < 0.05, ∗∗𝑃 < 0.01 versus Ad-GFP). ((b) and (c)) ROS level in nonischemic and ischemic muscle tissue on day 7
was determined by an in situ detection of superoxide with dihydroethidium (DHE) fluorescence. Bars, 100𝜇m (b). DHE-positive cells were
quantified as DHE-positive cells/mm2. Data from four sections of each mouse muscle tissue are shown in graphics and 𝑛 = 6 for each group
((c), ∗𝑃 < 0.05 versus Ad-GFP). (d) Seven days after HLI, cleaved caspase 3 and cyclin D1 protein levels were evaluated in HLI and non-HLI
limbs via Western blot (𝑛 = 6; ∗𝑃 < 0.05, ∗∗𝑃 < 0.01 versus Ad-GFP).

increased significantlywhen the cellswere culturedwithNAC
(Figures 6(a) and 6(b)). Cyclin E2 levels were significantly
greater in Ad-Bach1 HMVECs but decreased markedly when
the cells were treated with NAC (Figures 6(a) and 6(b)).
Thus, the decline in cell proliferation associated with Bach1
overexpression likely evolved, at least in part, from ROS-
induced changes in cell-cycle progression.

4. Discussion

Bach1 is known to regulate the expression of genes involved in
the oxidative stress response and cell-cycle progression [1–5],
and we have recently shown that Bach1 impairs proliferation

and promotes apoptosis in cultured ECs [12]. Thus, we
manipulated the level of Bach1 expression in the limbs ofmice
with HLI and in cultured HMVECs to determine whether
the proapoptotic activity of Bach1 is mediated by ROS
production. Our results indicated that Bach1 upregulation
impaired the blood flow recovery from hindlimb ischemia
and this effect was accompanied both by increases in ROS
and cleaved caspase 3 levels and by declines in the expression
of cyclin D1 in the injured tissues. Bach1 also promoted
mitochondrial ROS production and the levels of cleaved
caspase 3 in cultured HMVECs and disrupted cell-cycle
progression, and these effects were largely abolished when
the cells were cultured with the ROS scavenger NAC. Thus,
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Figure 2: Bach1 promotes apoptosis in cultured HMVECs. (a) HMVECs were infected with the adenoviruses (Ad-GFP or Ad-Bach1); then
cells were fixed at 72 hours after infection, and nuclei were visualized by Hoechst 33342. Cells with nuclear condensation are indicated by
white arrows. Bars, 100𝜇m. (b) Ad-GFP- and Ad-Bach1-infected HMVECs were seeded in 60 mm dishes, cultured for 72 hours, and then
harvested and labeledwith annexinV andPI. Cell apoptosis was quantified by identifying positively annexinV labeled cells via flow cytometry
(𝑛 = 3; ∗𝑃 < 0.05 versus Ad-GFP, upper panel). Bach1 protein levels were evaluated via Western blot (lower panel). (c) Cleaved caspase 3,
Bcl2, Bcl-xL, HO-1, and Bach1 protein levels were determined viaWestern blot in HMVECs that had been infected with Ad-GFP or Ad-Bach1
(𝑛 = 3; ∗𝑃 < 0.05 versus Ad-GFP).
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Figure 3: Bach1 induces apoptosis through mitochondrial ROS production. Ad-GFP- and Ad-Bach1-infected HMVECs were incubated with
or without NAC (10mM) for 48 hours, ROS production was then determined by the detection of dihydroethidium (DHE) fluorescence (a),
or mitochondrial ROS production was determined by MitoSOX red fluorescence (b). Bars, 50 𝜇m. (𝑛 = 3; ∗∗𝑃 < 0.01). Cell apoptosis (c) and
cleaved caspase 3 protein levels (d) were evaluated (𝑛 = 3; ∗𝑃 < 0.05).



8 Oxidative Medicine and Cellular Longevity

Bach1 siRNA
Con siRNA

D
H

E 
flu

or
es

ce
nc

e(
no

rm
al

iz
ed

, C
on

 si
RN

A
 =

 1
)

H2O2 (𝜇M)

2.0

0 500

1.5

1.0

0.5

0.0

∗

(a)
Ap

op
to

tic
 ce

lls
 (%

)

Bach1 siRNA
Con siRNA

20

10

0

H2O2 (𝜇M)
0 500

∗

(b)

Cleaved caspase 3

Bach1

Bach1 siRNA

Bach1 siRNA
Con siRNA

Cl
ea

ve
d 

ca
sp

as
e 3

 p
ro

te
in

 le
ve

l (
no

rm
al

iz
ed

, C
on

 si
RN

A
 =

 1
)

𝛽-actin

−

− −

− + +

++

1.5

1.0

0.5

0.0

H2O2 (𝜇M)

H2O2

0 500

∗∗∗

(c)

Figure 4: Bach1 downregulation attenuates H
2
O
2
-induced cell apoptosis. HMVECs were transfected with Con siRNA or Bach1 siRNA for 72

hours and then treated with or without H
2
O
2
(500 𝜇M) for 12 hours; the levels of ROS (a) cell apoptosis (b) and the protein levels of cleaved

caspase 3 and Bach1 (c) were evaluated (𝑛 = 3; ∗𝑃 < 0.05, ∗∗𝑃 < 0.01).

Bach1 appears to impede cell-cycle progression and induce
apoptosis in ECs through increases in mitochondria ROS
production (Figure 7).

Bach1 target involved in the oxidative stress response
includes heme oxygenase-1 (HO-1). We found that HO-
1 was downregulated in Bach1-overexpressing cells, which
plays a crucial role in protection from oxidative stress and
apoptosis [22, 23], and HO-1 catabolizes heme into ferrous
iron, carbon monoxide, and biliverdin, which have antiox-
idant and antiapoptotic properties in vivo [24]. Another

Bach1 target involved in the oxidative stress response is
the glutamate-cysteine ligase modifier subunit (GCLM) [25],
which increases synthesis of the antioxidant glutathione and
was upregulated after Bach1 knockdown [3]. Thus, Bach1
likely increases ROS generation by inhibiting antioxidants,
at least, including HO-1. Most ROS are generated in cells
by the mitochondrial respiratory chain. Mitochondrial ROS
production is modulated largely by the rate of electron flow
through respiratory chain complexes [26]. We showed that
mitochondria were the major source of Bach1-induced ROS
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Figure 5: Bach1 disrupts cell-cycle progression and inhibits cell proliferation through ROS production. Cell proliferation was evaluated in
(a) HMVECs that had been infected with Ad-GFP or Ad-Bach1, in (b) Ad-GFP- and Ad-Bach1-infected HMVECs treated with or without
NAC (10mM) for 48 hours, and in (c) HMVECs that had been transfected with Bach1siRNA or Con siRNA. Cells were cultured in 96-well
plates, and Brdu incorporation assessments were performed via optical density measurements (450 nm wavelength) at the indicated time
points (𝑛 = 3; ∗𝑃 < 0.05, ∗∗𝑃 < 0.01). ((d) and (e)) HMVECs were infected with Ad-GFP or Ad-Bach1 and then incubated with or without
NAC (10mM) for 48 hours; then cells were harvested. The cell-cycle analysis was conducted using flow cytometry and quantified (𝑛 = 3).
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Figure 7: Mechanisms for the Bach1-induced cell-cycle arrest and
apoptosis in ECs. Bach1 induces caspase 3-dependent apoptosis by
ROS production in ECs; Bach1 also regulates the expression of cell-
cycle regulatory proteins (cyclin D1 and cyclin E2) and promotes
cell-cycle arrest through ROS generation.

generation in HMVECs. ROS can also be generated by
the activation of various enzymes, including mitochondrial
oxidases, the NADPH oxidases, NO synthases, and xanthine
oxidase [27].The specificmechanisms linking Bach1 andROS
production have yet to be identified in ECs.

We have recently demonstrated that Bach1 upregula-
tion can impair angiogenesis in murine models of periph-

eral ischemic injury [12]. In the present study, we found
that Bach1 overexpression enhanced ROS production and
induced apoptosis in ischemic mouse hindlimbs. High levels
of ROS have been shown to increase apoptosis and impair
neovascularization in the ischemic limbs of mice [16, 17].
Thus, Bach1 likely inhibits angiogenesis at least partially by
increasing ROS generation and apoptosis.

Apoptosis can be induced either through an extrinsic
pathway, which is triggered by the binding of apoptosis-
inducing ligands to cell surface receptors, or through an
intrinsic pathway, which is regulated by the balance between
proapoptotic and antiapoptotic Bcl2 proteins at the mito-
chondria [28–30]. In the present study, both Bcl2 and Bcl-
xL levels declined in response to Bach1 upregulation in
HMVECs. ROS have been shown to induce mitochondrial
injury by reducing mitochondrial membrane potential and
decreasing the expression ratio of Bcl2/Bax [31, 32].Thus, the
suppression of Bcl2 and Bcl-xL by Bach1 overexpression may
be due to the increase of ROS production in cells. In addition,
we also found that Bach1 triggered caspase 3 activation, and
caspase 3 can be cleaved and activated by components of both
pathways [33, 34].Thus, the relationship between Bach1 levels
and ROS production could contribute to both extrinsic and
intrinsic apoptotic signaling.

Cyclin D1 and E2 were not among the direct Bach1-
targeted cell-cycle-related proteins identified inHEK293 cells
[3]. However, we have previously shown that Bach1 sup-
presses the Wnt/𝛽-catenin pathway [12], which is known to
regulate cyclin D1, and previous studies have linked increases
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in cyclin E expression with S-phase arrest [35]. Thus, Bach1
appears to inhibit cell-cycle progression and proliferation in
ECs through a network of at least three overlapping mech-
anisms: (1) declines in Wnt-mediated cyclin D1 expression,
(2) increases in ROS-mediated cyclin D1 repression, and (3)
upregulation of cyclin-E2-induced S-phase arrest.

In conclusion, our results indicate that Bach1 inhibits
cell proliferation and induces cell-cycle arrest and apoptosis
by increasing mitochondria derived ROS production and,
consequently, that functional downregulation of Bach1 may
be a promising treatment target for the treatment of vascular
diseases.
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Iron is essential for life, while also being potentially harmful. Therefore, its level is strictly monitored and complex pathways have
evolved to keep iron safely bound to transport or storage proteins, thereby maintaining homeostasis at the cellular and systemic
levels. These sequestration mechanisms ensure that mildly reactive oxygen species like anion superoxide and hydrogen peroxide,
which are continuously generated in cells living under aerobic conditions, keep their physiologic role in cell signalingwhile escaping
iron-catalyzed transformation in the highly toxic hydroxyl radical. In this review, we describe the multifaceted systems regulating
cellular and body iron homeostasis and discuss how altered iron balance may lead to oxidative damage in some pathophysiological
settings.

1. Introduction

In eukaryotes, oxygen utilization by the mitochondria,
NADPHoxidase enzymes, cytochromes, and so forth leads to
the generation of reactive oxygen species (ROS), unstable and
reactive molecules formed by one-electron transfers from a
redox donor tomolecular oxygen.Thefirst of such products is
anion superoxide (O

2

−), which can be converted to hydrogen
peroxide (H

2
O
2
) by superoxide dismutase enzymes. Metal-

catalyzed oxidation of H
2
O
2
can then originate hydroxyl

radicals (HO∙), themost reactive ROS. Redox balance, that is,
regulated production of ROS, is essential for normal cellular
physiology, as deregulation in the production of oxidative
species, that is, oxidative stress, causes DNA damage, lipid
peroxidation, and aberrant posttranslational modification of
proteins, thus leading to injury, cell death, and disease [1].
Conversely, accumulating evidence indicates that physiolog-
ical concentrations of ROS are necessary to support redox
signaling events that are involved in important physiological
functions and adaptive cell responses, such as chemotaxis,
hormone synthesis, immune response, cytoskeletal remod-
eling, and calcium homeostasis [2]. To be considered as
signaling biological messengers, ROS should meet precise
spatial and regulatory criteria; that is, they should be

produced enzymatically and their levels should be regulated
by intracellular molecular mechanisms [3, 4]. Therefore, O

2

−

andH
2
O
2
, particularlyH

2
O
2
that ismore stable thanO

2

− and
can cross membranes, are considered signaling molecules
because their levels under normal conditions remain under
a physiological threshold and their synthesis is enzymatically
regulated, whereas HO∙ is deemed to be a highly toxic reac-
tant leading to permanent modifications of target molecules
that can impact cellular function and life. In the cell, rapid
and efficient conversion of H

2
O
2
to HO∙ through the Fenton

reaction requires the presence of transition metals, that is,
copper and iron.While copper is amore efficient catalyst, iron
is much more abundant and thus it is the actual key player in
the so-called metal-catalyzed oxidative reactions [5].

While metal-dependent ROS production has histori-
cally been associated with necrosis, a form of passive cell
death characterized by dissolution of cellular structures, new
evidence suggests a role in regulated necrosis. In fact, a
form of regulated cell death, termed ferroptosis because it
requires iron, has been recently identified [6]. Interestingly,
ferroptosis is induced following inhibition of cystine import
and downstream glutathione synthesis, leading to the accu-
mulation of intracellular ROS and lipid peroxidation [7].
Further evidence for the role of iron-mediated disruption
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Figure 1: Dual role of ROS as signaling and toxic molecules, iron
tips the scale for damage. By triggering Fenton chemistry, increased
iron (Fe) availability may change the role of H

2
O
2
from a relatively

safe compound involved in cell signaling to a source of the highly
toxic HO∙.

of cellular redox homeostasis in ferroptosis was provided
by the essential regulatory function in ferroptotic cell death
of glutathione peroxidase [8], which is the only known
enzyme able to reduce phospholipid hydroperoxides and
thus one of the most important antioxidant enzymes, and
by the demonstration that transferrin-mediated iron import
is essential for ferroptosis [9]. Moreover, in hepatocellular
carcinoma cells, knockdown of H ferritin, one of the two
subunits that compose the iron storage protein ferritin,
promoted ferroptosis in response to classical inducers [10].

During the slow and long process of oxygen accumulation
that led to the present 20.9% atmospheric oxygen content
initiated about 1.5 billion years ago by photosynthesizing
cyanobacteria, all life forms evolved mechanisms to exploit
the chemical reactivity of iron for efficient aerobic reac-
tions. Indeed, the number of iron-containing enzymes is
striking and includes proteins of vital physiological signif-
icance involved in functions such as oxygen transport, cell
respiration, and DNA synthesis [11, 12]. Living organisms
were also forced to concurrently evolve protection systems
against highly damaging HO∙ radicals produced by the iron-
catalyzed conversion of superoxide and H

2
O
2
. To this aim, a

complex regulatory pathway formed by a variety of proteins
that bind, transport, and store iron has been developed, in
order to maintain an appropriate iron balance in both the
individual cells and the whole body [13, 14]. Over the last
years, the mechanisms by which iron homeostasis at the cel-
lular and organismal levels is regulated have been elucidated.
In this review, we have summarized recent advances in the
control of iron homeostasis and how changes in availability of
poorly liganded ferrous iron are related to ROS production.
Moreover, we propose that whenever the efficiency of the
network controlling iron balance is compromised, the role of
ROS switches from signaling to damage (Figure 1).

2. The IRE/IRP Regulatory Pathway Controls
Cellular Iron Homeostasis

The challenging task of maintaining intracellular iron levels
sufficient for essential cellular functions, including ROS-
dependent cell signaling, but as low as possible to avoid

ROS-mediated injury, is controlled at multiple steps but
primarily accomplished by iron regulatory proteins (IRP1 and
IRP2), which strictly control intracellular ironmetabolism by
posttranscriptionally regulating the coordinated expression
of proteins involved in iron utilization (e.g., erythroid 5
aminolevulinic acid synthase, mitochondrial aconitase, and
Drosophila succinate dehydrogenase), uptake (transferrin
receptor (TfR1) and divalentmetal transporter (DMT1)), stor-
age (H and L ferritin subunits), and export (ferroportin) [15,
16] (Figure 2). IRP1 and IRP2 recognize and bind conserved
25–30 nucleotides-long RNA stem-loop structures named
iron responsive elements (IREs) in the untranslated regions of
the mRNAs coding for these proteins. It has also been shown
that IRPs can bind the mRNAs for other proteins not directly
related to iron homeostasis [15, 16].

The activity of IRP1 and IRP2 is dictated by the size of
the cellular labile iron pool (LIP), a pool of iron in the low
𝜇M range bound to low molecular weight compounds like
citrate or glutathione [17], which is in continuous equilibrium
with the sites of iron utilization or storage. When cells are
iron deficient and thus the size of the LIP is shrunk, IRP1
and IRP2 bind to IREs located in the 3 region of transcripts
and stabilize the mRNA for TfR1 and DMT1, thus increasing
the uptake of both transferrin-bound and unbound iron.
At the same time, binding to 5 IRE impairs translation of
mRNAs for ferroportin, the only iron exporter, and ferritin,
which sequesters iron in a catalytically inactive form. This
coordinate regulation eventually expands the cellular LIP.
Conversely, when the LIP is large, the IRE-binding activity
of both IRPs is decreased, resulting in efficient translation of
ferritin and ferroportin mRNAs and lower stability of TfR1
and DMT1 mRNAs, ultimately enhancing iron storage and
release over uptake [15, 16] (Figure 2).

Both IRPs are homologous to the mitochondrial TCA
cycle enzyme aconitase that converts citrate to isocitrate using
an iron sulfur cluster (4Fe–4S) as a cofactor, but only IRP1
can assemble a cluster when sufficient iron is available, thus
functioning as cytosolic aconitase, which is the prevailing
form in most cells. Conversely, in conditions of iron defi-
ciency, the cluster is disassembled and the IRP1 apoform
binds IRE [15, 16]. IRP2 accumulates in iron-deficient cells
where it binds IRE motifs with affinity and specificity similar
to that of IRP1, whereas in iron-replete cells it is rapidly tar-
geted for proteasomal degradation by an E3 ubiquitin ligase
complex that comprises FBXL5, a recently identified protein
containing an hemerythrin-like domain that is involved in
its regulation according to iron (and oxygen) availability
[18]. Under conditions of iron scarcity, the assembly of the
di-iron center in the hemerythrin-like domain is impaired
and FBXL5 is polyubiquitinated and degraded by the pro-
teasome, thereby leading to IRP2 stabilization. Conversely,
when iron is abundant, FBXL5 levels in the cell increase
promoting IRP2 (and apo-IRP1) proteasomal degradation
[19, 20].

The respective role and importance of IRPs have been
revealed by studies involving gene deletion [21, 22]. Ablation
of both IRP1 and IRP2, which are ubiquitously expressed,
is early embryonic lethal whereas single knockout mice are
viable, indicating that the two IRPs can compensate for each
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Figure 2: Simplified model of IRP-dependent regulation of intracellular iron homeostasis. The IRE/IRP machinery posttranscriptionally
controls the expression of the major proteins of intracellular iron import (transferrin receptor, TfR1), export (ferroportin, Fpn), and storage
(ferritin, Ft). Under conditions of iron excess in the labile iron pool (LIP), IRPs lose their RNA-binding capacity, and hence TfR1 mRNA is
degraded (small arrow) while Fpn and Ft mRNAs are actively translated (big arrow and circle, resp.). The opposite occurs under conditions
of iron deficiency: IRP1 and IRP2 binding to iron responsive elements (IREs) stabilize TfR1 mRNA (big arrow) and prevent the translation of
Fpn and Ft mRNAs (small arrow and circle, resp.); this response increases iron availability.

other and confirming the in vitro data which suggested
essential but largely overlapping functions. However, early
studies did not show an apparent phenotype in IRP1 sin-
gle knockout mice, whereas hematopoietic defects and late
onset neurodegeneration were described in mice lacking
IRP2. These findings showing a dominant role for IRP2
in the regulation of iron homeostasis in mice were in line
with a study indicating that IRP2 is the major regulator
of intracellular iron metabolism in humans [23]. However,
recent results showed that IRP1 predominantly binds specific
IRE-containing mRNAs, such as those coding for erythroid
aminolevulinate synthase and hypoxia inducible factor 2𝛼
(HIF2𝛼) [24].

Although iron is the major regulator of the IRE/IRP
network, other signals and conditions can modulate the
activity of both IRPs, including oxygen tension and nitric
oxide (reviewed in [16]). Not surprisingly given the rela-
tionship between ROS and iron, IRPs are both targets and
modulators of free radical reactions and IRP activity is
altered under conditions of oxidative stress. Despite reports
showing IRP1 activation in cells exposed to H

2
O
2
, whichmay

be a phenomenon more correlated to the signaling role of
H
2
O
2
rather than to oxidative stress, it appears that IRP1

inactivation occurs in response to ROS both in vitro and
in vivo [15, 16]. Overall, since IRP2 is highly susceptible to
ROS-mediated downregulation, it is possible to conclude that
inhibition of IRP1 and IRP2 binding activity, with ensuing
ferritin induction and reduction of LIP, may represent a pro-
tective strategy to prevent amplification of oxidative injury
(discussed in [25]). The role of ferritin as an antioxidant
protein is underscored by the multiplicity of mechanisms
leading to its upregulation in response to oxidative challenge;
in fact, it has been demonstrated that stressful conditions
transcriptionally activate ferritin expression in various cell
types, and ferritin overexpression protects from oxidative
stress [26].

Readers can refer to recent excellent and comprehensive
reviews for specific aspects of the IRE/IRP regulatory network
[24, 27–29].

3. Conditions in Which Disruption of
Cellular Iron Homeostasis Leads to
Oxidative Damage

3.1. Neurodegenerative Disorders. Abundant evidence shows
that a number of neurodegenerative disorders are character-
ized by regional iron accumulation in particular areas of the
central and/or peripheral nervous systems [30, 31]. This is
often caused by cellular iron redistribution and may result
in iron-catalyzed Fenton chemistry. For instance, increased
iron levels in specific regions of the brain are a hallmark of
Parkinson disease [32].

Friedrich’s ataxia (FRDA) is a paradigmatic example
because the disruption of iron homeostasis in this disease has
been well defined [33]. FRDA, which is the most prevalent
form of hereditary ataxia in Caucasians, is characterized by
progressive degeneration of large sensory neurons in the
central and peripheral nervous systems leading to neuro-
logical impairment. In addition to neurological symptoms
like spinocerebellar and sensory ataxia, FRDA patients also
suffer from important nonneurological manifestations, in
particular hypertrophic cardiomyopathy. The disease results
from loss of function mutations (most often triplet expan-
sion) in the FXN gene that lead to decreased expression of
frataxin, a mitochondrial iron-binding protein that interacts
with proteins involved in the mitochondrial Fe-S cluster
biogenesis [34]. In patients, frataxin deficiency results in
disruption of Fe-S cluster biosynthesis, severe mitochondrial
iron overload, a hallmark of Fe-S defects, and increased
sensitivity to oxidative stress [35].

Although several studies provided evidence that ROS
generated through Fenton reaction play a role in FRDA,
the primary involvement and the importance of ROS in the
pathophysiology of FRDA are still debated [33]. However,
the protection afforded by mitochondrial ferritin, which has
a strong antioxidant role [36], in yeast, mammalian cells,
and fibroblasts from FRDA patients was accompanied by
reduced ROS level, thus strongly indicating the involvement
of toxic free radicals [37]. Since mitochondrial ferritin plays
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a protective role in several pathological conditions by seques-
tering iron [36], these data suggest that iron chelators are
of particular interest as therapeutic approaches for FRDA.
However, FRDA and other regional sideroses (i.e., iron
accumulation in particular tissues or cell compartments) will
require novel chelation modalities [38].

3.2. Role of Iron and ROS in Anthracycline Cardiotoxicity.
The role of iron in anthracycline cardiotoxicity is another
illuminating example of the complex interplay and synergism
between iron and free radicals as causative factors of apopto-
sis or other forms of cell damage. Doxorubicin (DOX) is an
antineoplastic drug of the anthracyclines family, which plays
a recognized key role in the chemotherapy for several types
of cancer. However, anthracyclines have established risks
of cardiotoxicity, as their chronic administration induces
cardiomyopathy and congestive heart failure [39]. This dose-
dependent side effect limits the clinical use of DOX in cancer
patients. Multiple mechanisms of cardiotoxicity induced by
DOX have been described, but activation of the mitochon-
drial intrinsic pathway of apoptosis seems to represent a
major response to anthracycline treatment.The development
of anthracycline-induced cardiomyopathy has been found to
depend on drug metabolism [40]; in fact, in addition to the
role of reductive activation of the quinone moiety of DOX
discussed below, a correlation exists between toxicity and
myocardial accumulation of anthracycline secondary alcohol
metabolites [39]. Conversely, anthracycline oxidative degra-
dationmay serve as a salvage pathway for diminishing the lev-
els and toxicity of DOX in cardiomyocytes (reviewed in [41]).

The involvement of iron inDOX-induced cardiac damage
is well established, and cardiotoxicity induced by DOX may
occur at lower cumulative doses under conditions of iron
overload [42]. The adverse role of iron has been suggested by
several lines of evidence: in particular, a number of studies
showed the protecting efficacy of iron chelators both in
patients and in animal models, while others demonstrated
that primary and secondary iron overload exacerbated the
cardiotoxic effects of the drug, but the underlying molecular
mechanisms remain to be fully understood (see [39, 41, 42]
for review). Iron has been proposed to act as a catalyst of
ROS formation in reactions primed by DOX. In fact, DOX
is a redox compound, as NAD(P)H reductases catalyze one-
electron reduction of the quinone moiety of the tetracycline
ring to the semiquinone free radical, which can regenerate the
parent quinone reacting with molecular oxygen. The latter
reaction generates O

2

− and its dismutation product H
2
O
2
,

which can then be transformed into the more potent HO∙ by
reactions catalyzed by iron. In turn, HO∙ can damage DNA
and proteins and initiate membrane lipid peroxidation, thus
leading to cardiomyocyte death [42, 43].

However, since antioxidants did not offer protection in
clinical settings, the apparently obvious explanation for the
aggravating role of iron in DOX cardiotoxicity based on
increased iron-catalyzed ROS formation has been called
into question [39, 41]. In line with this view, we showed
that DOX doses in the range of the plasma levels found
in patients undergoing chemotherapy were able to cause
apoptotic death of cardiac-derived H9c2 myocytes in the

absence of ROS production [44]. Moreover, we provided
evidence that activation of the HIF pathway contributes to
the cardioprotective effect of the iron chelator dexrazoxane,
thus suggesting that the protective capacity of iron chelators
against DOX toxicity may be mediated by mechanisms not
related to the prevention of ROS formation [45].

We also showed that anthracycline cardiotoxicity is
related to ROS-dependent and ROS-independent disruption
of cardiac iron homeostasis due to targeted interaction of
DOX with IRP1, which leads to a “null” IRP1 devoid of
both its functions and hence it is unable to sense iron levels
and to regulate iron homeostasis. Moreover, DOX triggers
IRP2 degradation, which may serve as a protective role by
favoring iron sequestration in newly formed ferritin [25,
46]. Indeed, it has been shown that ferritin is induced in
H9c2 cardiomyocytes [47] and mouse hearts [48] exposed
to DOX and protects cardiac cells against iron toxicity.
Moreover, ferritin H chain plays an important role in the
preventive effect of metformin against DOX cardiotoxicity
in isolated cardiomyocytes [49]. DOX treatment also results
in iron storage by inducing mechanisms leading to higher
accumulation of iron into ferritin [50]. Overall, these results
suggest that the role of iron in anthracycline-dependent
cardiotoxicity may extend beyond the formation of ROS.

On the other hand, recent results regarding mitochon-
drial ferritin (FtMt), a ferritin type particularly expressed
in mitochondria-rich tissues, including the heart, where
it prevents iron-mediated oxidative damage [51], reinforce
the idea that ROS are involved in the mechanisms linking
iron and anthracycline cardiotoxicity. FtMt expression was
induced in the heart of mice exposed to DOX [52], and FtMt-
deficient mice exposed to DOX are more sensitive to ROS-
mediated heart damage and death [53]. In addition,micewith
heart-specific deletion or overexpression of ABCB8, which
exports iron out of the mitochondria, were more sensitive or
resistant, respectively, to DOX cardiotoxicity [52].

The importance of methodological aspects introduces
some cautionary issues that should be taken into account
when considering the discrepancies reported above regard-
ing the pathophysiological relevance of iron-mediated ROS
production in DOX toxicity. In fact, one should keep in
mind that the model systems in which the mechanisms of
DOX cardiotoxicity have been characterized have inherent
limitations in representing the human chronic cardiomyopa-
thy. Moreover, the dual role of ROS in signaling events and
cell damage should be considered when evaluating if iron
contributes to chronic cardiomyopathy by mechanisms not
related to its ability to generate HO∙.

4. Systemic Iron Metabolism

Given the dual role of iron, elegant control mechanisms have
evolved to maintain appropriate body iron levels by means
of a complex network of transporters, storage molecules,
and regulators. Intestinal iron absorption and iron recycling
in reticuloendothelial cells are coordinately orchestrated in
order to maintain iron levels in the circulation adequate for
the needs of the various tissues and organs but insufficient to
activate dangerous ROS production [13, 14].
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Figure 3: Hepcidin regulates transferrin-mediated body iron traffic. The interaction of hepcidin with ferroportin inhibits the flow of iron
into plasma and thereby regulates the transferrin-mediated distribution of iron in the body from sites of iron absorption (duodenum) and
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The task of keeping circulating iron in a safe but readily
available form is performed by transferrin (Tf), a protein
synthesized and secreted by the liver that binds up to two
ferric iron atoms with high affinity and is the major iron
transport protein. Under physiological conditions, Tf-bound
iron is the main source of iron for the majority of tissues,
primarily for bone marrow erythroid precursors, which
consume iron for hemoglobin biosynthesis (Figure 3).

Tf incorporates iron coming from two major sources:
dietary iron (both inorganic and heme iron) absorbed in the
duodenum to compensate for daily iron loss and iron derived
from destruction of old and effete erythrocytes by reticuloen-
dothelial cells in the spleen and liver (Figure 3). After reduc-
tion by the reductaseDcytB, dietary iron is transported across
the apical membrane of absorptive epithelial cells by DMT1
[54]. In intestinal enterocytes, most iron is then exported to
the blood at the basolateral surface by ferroportin, assisted
by the function of oxidases (circulating ceruloplasmin and
membrane-bound hephaestin) that convert ferrous iron to
ferric iron and thus permit the incorporation of iron into Tf.
Although various transporters have been identified [54], the
mechanisms of intestinal uptake and release of heme iron are
less clearly understood, but the majority of heme is degraded
in the enterocytes and iron is released by ferroportin, as
ferroportin-deficient mice are not viable [55].

Spleen and liver macrophages specialized in recycling
iron obtained from the phagocytosis and destruction of
senescent erythrocytes are the main iron supplier for hemo-
globin synthesis. The major pathway of heme iron recy-
cling involves hemoglobin degradation by cytosolic heme
oxygenase-1 and export of heme-derived iron into the circu-
lation by ferroportin [56].

Recent studies in mice with disrupted IRP1 and/or IRP2
in the entire organismor specific tissues have shown that IRPs
are important regulators also of systemic homeostasis [22],
but hepcidin, a peptide hormone produced and secreted by

the liver, can be considered the key regulator of body iron
balance [57, 58].That hepcidin is most important regulator of
body iron homeostasis which is also indicated by a number
of studies showing that disruption of hepcidin regulation
is involved in a variety of disorders associated with iron
deficiency (e.g., anemia) or overload (e.g., siderosis). In
particular, inadequate hepcidin levels in relation to body iron
stores characterize most hereditary iron overload diseases
[59]. Hepcidin controls plasma iron concentration and body
iron balance by regulating the expression of ferroportin, the
only known cellular iron exporter (Figure 3). The binding of
hepcidin to ferroportin on the plasma membrane induces
its internalization and degradation, thereby blocking iron
release [60]. Hepcidin expression is regulated at multiple
levels: the expression of hepcidin is induced by iron overload,
inflammatory stimuli, or endoplasmic reticulum stress [57,
58, 61]; this mechanism stops the efflux of unwanted iron in
the circulation by negatively modulating iron absorption by
enterocytes, iron recycling by reticuloendothelial cells, and
iron mobilization from hepatic stores. Conversely, increased
erythropoietic activity under conditions of iron deficiency,
anemia, and hypoxia represses hepcidin, thereby leading to
higher iron availability for new erythrocytes synthesis [20,
62]. Among the positive regulators of hepcidin, iron exerts
its effect through the BMPs/SMAD dependent pathway,
while inflammatory cytokines, especially IL-6, activate the
JAK2-STAT3 signaling cascade. Erythroferrone, produced
by erythroid precursors in the marrow and the spleen in
response to erythropoietin, seems to be themajor inhibitor of
hepcidin production when erythropoiesis is stimulated [63].

4.1. Iron Overload Conditions. Two mechanisms protect the
cells from the damaging effects of excess body iron: the
partial saturation of Tf at the systemic level and the IRP-
dependent regulated expression of TfR1 at the cellular level.
Under normal conditions, Tf saturation is around 30% and
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Figure 4: Mechanisms of iron overload mediated tissue damage. Whenever the iron-binding capacity of transferrin (Tf) is exceeded, non-
transferrin-bound iron (NTBI) forms, penetrates into the cells, and undergoes redox cycling, ultimately leading to cell injury and organ
damage.

the protein can therefore bind excess iron entering the
circulation, thus functioning as a protective shield against
HO∙ production. However, under conditions of heavy sys-
temic iron overload (primarily due to insufficient hepcidin
production), the iron-binding capacity of Tf is exceeded,
andnon-transferrin-bound iron (NTBI) is formed (Figure 4).
Despite the downregulation of TfR1, cells become iron-
loaded because NTBI, that is, iron associated with various
low molecular weight plasma components, like citrate, phos-
phates, and proteins, lacks a regulated uptake system and
hence is able to penetrate into the cells [38]. The consequent
decrease in IRP binding activity leads to efficient ferritin
mRNA translation to promote iron storage, but ultimately
the high capacity of ferritin is exceeded as this unabated
flux of NTBI continues. NTBI is clearly involved in tissue
siderosis, but the incomplete characterization of the iron
species involved prevents a clear understanding of how it
enters the cell under different pathological conditions. NTBI
enters into cells mainly through divalent cation transporters
such asDMT1 andZIP14,which require previous reduction to
ferrous iron [64, 65] orCa2+ channels, either L-type orT-type,
particularly in cardiomyocytes [66]. NTBI toxicity within
cells derives from the fact that iron in the expanded LIP is
no longer protected from redox cycling; hence, it accelerates
the catalysis of reactions that produce HO∙, which then cause
lipid peroxidation and organelle damage and ultimately cell
death (Figure 4). In particular, mitochondria appear to be
primarily affected by iron-mediated HO∙ production. In fact,
it has been demonstrated that mitochondria rapidly acquire
NTBI, and this, along with their high generation of ROS
[67], props up oxidative damage. Apparently, the variety of
enzymatic and nonenzymatic antioxidant defense systems is
inadequate to prevent metal-catalyzed oxidative injury once
iron in the LIP is increased [66]. Although production of
hydroxyl radical and lipid peroxidation are important in the
initiation of iron overload pathology, additional mechanisms
involving apoptosis and fibrosis can account for its complex
pathophysiology that leads to organ failure [58].

The most important clinical conditions involving pri-
mary and secondary iron overload leading to iron-mediated
tissue damage are genetic hemochromatosis and transfu-
sional siderosis, respectively. Hereditary hemochromatosis
linked to mutations in HFE, a MHC class I-like protein
that is a necessary component of the iron-sensing machin-
ery controlling hepcidin expression, is the most common
genetic disease in Caucasians and presents a multisystem
involvement: although iron overload first affects the liver, in
hemochromatosis patients endocrine abnormalities, cardiac
problems, and arthropathy are also common [68]. Loss of
HFE function leads to inappropriately low hepcidin produc-
tion and unneeded iron release in the bloodstream from
the duodenum and reticuloendothelial system. Consequent
NTBI formation and iron deposition in parenchymal cells
lead to oxidative damage and determine the clinical features
of hemochromatosis [69].

Secondary iron overload is mainly observed in associa-
tion with transfusion-dependent diseases [70]. Since our
body lacks any regulated mechanism to effectively excrete
excess iron, long-term blood transfusion inescapably results
in iron overload in patients. Transfusional iron over-
load affects particularly patients with inherited hemoglo-
binopathies, such as 𝛽 thalassemia, which is the secondary
iron overload condition more closely linked to tissue iron
overload [71, 72]. However, the adverse effects of iron over-
load are also found in patients with a variety of conditions
(e.g., Blackfan-Diamond anemia, aplastic anemia, sideroblas-
tic anemia, myelodysplasia, etc.).

With continued transfusion, reticuloendothelial cells can
no longer safely store all the excess iron, which thus enters
the circulation in amounts that exceed the binding capacity
of Tf, and NTBI develops [69]. It should be noted that in
conditions such as 𝛽 thalassemia hepcidin levels are paradox-
ically low because erythropoiesis-dependent downregulation
prevails over the upregulation associated with body iron
levels; therefore, high intestinal iron absorption contributes
to iron overload [20, 62].While in hemochromatosis patients
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excess iron is removed by phlebotomy, the treatment of
transfusional iron overload is mainly based on iron chelation
therapy [61]. Iron chelators can be considered as antioxidants,
but not all the possible molecules able to bind iron can be
regarded as safe antioxidants. Since all the six iron atoms have
to be bound to the chelator to form a stable complex, incom-
plete iron-chelate complexes (e.g., iron-EDTA) can undergo
redox cycling and generate harmful free radicals. Therefore,
for efficient and safe scavenging of excess iron, chelating
molecules and/or dosages should be carefully evaluated to
raise the thermodynamic stability of the iron-ligand complex.

5. Conclusions

Presently, it is not completely clear as to why in some
conditions ROS are associated with cell damage and scav-
enging high ROS levels improves metabolic homeostasis,
whereas in other settings ROS exert signaling functions
important for essential cell activities. Possible explanations
for these distinct biological specificities of ROS action include
differences in the amount, sources, duration, and localization
of ROS production; in addition, certainly, the higher ROS
reactivity is, the greater toxicity is, while signaling capacity
is diminished. Therefore, H

2
O
2
, which is relatively stable

and diffusible, is indeed a mild oxidant but is suitable for
signaling. However, in the presence of ferrous iron, H

2
O
2

can generate the highly reactive and toxic HO∙. Therefore,
we propose that increased availability of iron not bound to
proteins specifically evolved to transport or store this essen-
tial metal can make the critical difference between the two
opposite functions of ROS. The view that iron plays a main
role in the scenario leading ROS to become signal or stress
agents is supported by the sophisticated systems regulating
intracellular and systemic iron homeostasis that we have
summarized in this review. Additional evidence indicating
the contribution of iron emerges from the number of studies
showing the occurrence of ROS-mediated tissue damage
whenever the control of iron metabolism is disrupted, con-
ditions of which we selectively highlighted a few illustrative
examples. Improved understanding of the complex interplay
between iron metabolism and redox homeostasis will clarify
these pathways and their relevance in pathophysiology. In
consideration of the disappointing results of antioxidant ther-
apy for a variety of diseases [73], targeting iron will possibly
represent a more advanced therapeutic approach aimed at
preventing the harmful effects of ROS while permitting their
physiological role in cell signaling.
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redox signaling, andmetal chelation in anthracycline cardiotox-
icity and pharmacological cardioprotection,” Antioxidants and
Redox Signaling, vol. 18, no. 8, pp. 899–929, 2013.

[44] F. Bernuzzi, S. Recalcati, A. Alberghini, and G. Cairo, “Reac-
tive oxygen species-independent apoptosis in doxorubicin-
treatedH9c2 cardiomyocytes: role for heme oxygenase-1 down-
modulation,” Chemico-Biological Interactions, vol. 177, no. 1, pp.
12–20, 2009.

[45] R. D. Spagnuolo, S. Recalcati, L. Tacchini, and G. Cairo, “Role
of hypoxia-inducible factors in the dexrazoxane-mediated pro-
tection of cardiomyocytes from doxorubicin-induced toxicity,”
British Journal of Pharmacology, vol. 163, no. 2, pp. 299–312, 2011.

[46] G. Minotti, R. Ronchi, E. Salvatorelli, P. Menna, and G. Cairo,
“Doxorubicin irreversibly inactivates iron regulatory proteins
1 and 2 in cardiomyocytes: evidence for distinct metabolic
pathways and implications for iron-mediated cardiotoxicity of
antitumor therapy,” Cancer Research, vol. 61, no. 23, pp. 8422–
8428, 2001.

[47] G. Corna, P. Santambrogio, G. Minotti, and G. Cairo, “Dox-
orubicin paradoxically protects cardiomyocytes against iron-
mediated toxicity: role of reactive oxygen species and ferritin,”
The Journal of Biological Chemistry, vol. 279, no. 14, pp. 13738–
13745, 2004.

[48] G. Corna, B. Galy, M. W. Hentze, and G. Cairo, “IRP1-
independent alterations of cardiac iron metabolism in
doxorubicin-treated mice,” Journal of Molecular Medicine, vol.
84, no. 7, pp. 551–560, 2006.
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Systemic inflammation accompanying diseases such as sepsis affects primarily lungs and induces their failure. This remains the
most common cause of sepsis induced mortality. While neutrophils play a key role in pulmonary failure, the mechanisms remain
incompletely characterized. We report that myeloperoxidase (MPO), abundant enzyme in neutrophil granules, modulates the
course of acute pulmonary inflammatory responses induced by intranasal application of lipopolysaccharide. MPO deficient mice
had significantly increased numbers of airway infiltrated neutrophils compared to wild-type mice during the whole course of lung
inflammation. This was accompanied by higher levels of RANTES in bronchoalveolar lavage fluid from the MPO deficient mice.
Other markers of lung injury and inflammation, which contribute to recruitment of neutrophils into the inflamed lungs, including
total protein and other selected proinflammatory cytokines did not significantly differ in bronchoalveolar lavage fluid from thewild-
type and the MPO deficient mice. Interestingly, MPO deficient neutrophils revealed a decreased rate of cell death characterized by
phosphatidylserine surface expression. Collectively, the importance ofMPO in regulation of pulmonary inflammation, independent
of its putative microbicidal functions, can be potentially linked toMPO ability to modulate the life span of neutrophils and to affect
accumulation of chemotactic factors at the inflammatory site.

1. Introduction

Inflammation is protective and vital to health, but when acute
inflammation is unrestrained in amplitude or duration, it
can lead to disease [1]. In most instances, the molecular and
cellular events during acute inflammation are successful in
limiting the inciting injury or infection and restoring tissue
homeostasis. However, overwhelming inflammation can lead
to fatal consequences. The lungs are generally the first to
undergo failure, and this remains the most common cause of
acute life-threatening pathologies such as septic shock and/or

multiple organ failure induced mortality [2, 3]. Although
acute inflammation is generally self-limited, alternate fates
include abscess formation, fibrosis, or conversion to chronic
inflammation [1].

While it has become clear that neutrophil granulocytes,
the most abundant subpopulation of polymorphonuclear
granulocytes, play a key role in pulmonary failure during
sepsis and development of chronic inflammation, the mecha-
nisms remain incompletely characterized [2, 4].The progres-
sion and control of inflammation are significantly affected by
mediators produced by leukocytes accumulated at the site of
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inflammation [1]. One of them is myeloperoxidase (MPO),
an abundant hemoprotein of neutrophils, which is typically
perceived to primarily mediate host defense reactions [5–7].
However, there is increasing evidence showing a novel regu-
latory role of MPO not directly related to host defense. MPO
accumulated in the lungs could significantlymodulate redox-
sensitive cellular signaling pathways controlling inflamma-
tory processes among others through the catabolism of nitric
oxide (NO), induction of wide range of posttranslational
modification of proteins, and modulation of metabolism of
arachidonic and linoleic acid derived mediators [5–10].

However, the importance of MPO in various inflamma-
tory conditions is questioned and is highly dependent on the
type of the inflammatory model. Consistent with microbi-
cidal function of MPO, the MPO deficient mice were more
likely than thewild-typemice to be infected or die from infec-
tion employing various models, suggesting that the MPO-
dependent oxidative system is important for host defense
against fungi and bacteria [5, 6, 9]. However, theMPO impor-
tance varies by pathogen species [11]. In contrast, in the cases
of inflammatory response to noninfectious stimuli or chronic
inflammation in the absence of live pathogens, MPO can
damage host tissue through the generation of oxidants. This
has been observed in many chronic inflammatory diseases,
including cardiovascular diseases, rheumatoid arthritis, and
kidney diseases (see reviews [5–7, 9]). Thus, based on the
assumption of detrimental effect of MPO during chronic
inflammation, it can be expected that the inflammation
should actually be reduced in MPO deficient mice. On the
contrary, experimental data from various studies employing
MPO deficient mice suggest that the MPO deficiency is
connected with dysregulated inflammatory response. These
studies show significant adverse effects of MPO deficiency
in various inflammatory models induced by noninfectious
stimuli including nonviable Candida albicans [12], experi-
mental autoimmune encephalomyelitis [13], ischemic brain
injury [14], lung dysfunction after allogeneic bone marrow
transplantation [15], ultraviolet- (UV-) exposed skin inflam-
mation [16], atherosclerotic lesions development [17], skin
delayed-type hypersensitivity and antigen-induced arthritis
[18], and different types of autoimmune renal diseases [19,
20]. These data support the suggestion of a protective, anti-
inflammatory role of MPO in pathologies characterized by
complex inflammatory response in the absence of infectious
agent.

Here, a role of MPO in the regulation of acute lung
inflammation and injury was evaluated. Model of acute
airway inflammation induced by intranasal administration
of lipopolysaccharide (LPS) was employed in both the wild-
type and the MPO deficient mice. Various markers of
inflammation and injury in lung tissues or lung lavage fluids
were determined. Such LPS instillation is known to cause an
acute inflammatory response with transient extravasation of
primarily neutrophils in the airways [21–23]. The temporal
course of inflammation was evaluated at different time points
(8 h, 24 h, 48 h, and 72 h) following application of LPS. Our
results indicate that MPO deficiency enhances neutrophilia
during LPS-induced airway inflammation due to altered

accumulation of proinflammatory cytokine RANTES and
reduced cell death of MPO deficient neutrophils.

2. Materials and Methods

2.1. Animal Exposure to LPS. Male C57BL/6J wild-type and
MPO deficient mice MPO tm1lus (MPO deficient) (The
Jackson Laboratory, USA) [8] both of age 12–16 weeks and
of weight 25–30 g were subjected to brief anesthesia with
ketamine-xylazine, and 50 𝜇L of LPS (from Escherichia coli
serotype 055:B5, Sigma-Aldrich,USA) solution in phosphate-
buffered saline (PBS) was instilled directly into their nostrils
to reach a dose of 0.3mg/kg LPS as described previously
[23]. Previous studies demonstrated that a significant fraction
of intranasally administered LPS will reach the lungs and
that such instillation evokes an acute transient inflammatory
response [21–23].Mice in the control group received a similar
volume of sterile PBS.The experiments were approved by the
Animal Care Committee and were in accordance with the EU
and NIH Guide for Care and Use of Laboratory Animals.

2.2. Collection of Bronchoalveolar Lavage Fluid (BALF). At
various time points after LPS instillation, mice were deeply
anesthetized by intraperitoneal administration of ketamine-
xylazine and blood was collected from the heart into hep-
arinized syringes. The tracheae were cannulated, and the
lungs were lavaged with 2 consecutive washes with 1mL of
PBS, which were pooled to a total recovered BALF of 1.6–
1.8mL.The BALF was used for the cell analysis after pelleting
(5min, 250 g, 4∘C) or the cell-free BALF was obtained after
centrifugation (4min, 2 000 g, 4∘C) and stored at −80∘C until
further analysis.

2.3. Determination of Inflammatory Cells in BALF and Their
Differentiation Count. Total cell count in the collected lavage
samples and total leukocyte count in blood were determined
with a Coultre Counter Z1 after lysis of RBCs by Zap-
Oglobin II lytic reagent (Coulter, USA). Cell differential
counts were determined on blood smears or on slides after
cytospin centrifugation stained with Giemsa stain (Diff-
Quick, ThermoFisher Scientific, USA).

2.4. Inflammatory Cytokines and Total Proteins in BALF. To
quantitate proinflammatory cytokine production in the lung
tumor necrosis factor- (TNF-) 𝛼, monocyte chemoattractant
protein- (MCP-) 1, Regulated on Activation, Normal T Cell
Expressed and Secreted (RANTES), interleukin- (IL-) 6, IL-
10, and IL-12 were determined in BALF by sandwich enzyme-
linked immunosorbent assay (ELISA) using murine-specific
commercial kits (Quantikine Mouse cytokine assay kit, R&D
Systems, USA).

As a marker of epithelial injury and lung permeability,
total protein concentration within BALF was measured with
a Protein Assay Kit (Bio-Rad, USA) based on the method of
Bradford, with bovine serum albumin as a standard.

2.5. Analysis of NO Production in Lungs. To quantitate the
production of NO in the lungs, its metabolites nitrates/
nitrites were measured in BALF by chemical reduction of
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nitrates and nitrites to NO in 120mM vanadium (III) in 2M
HCl at 95∘C and analysis by ozone-enhanced chemilumines-
cence (ANTEK Instruments Inc., Model 7020, USA).

2.6. Expression of CD11b on Neutrophil Surface. Cells were
washed with PBS (5min, 250 g, 4∘C) and incubated with
fluorescein-conjugated anti-mouse CD11b (Invitrogen, USA)
antibodies at 4∘C in the dark for 30min, consequently
washed with PBS (5min, 250 g, 4∘C), and analyzed using
a BD FACSVerse™ flow cytometer (BD Biosciences, USA)
[24]. Cells incubated with appropriate isotype control were
used to determine the nonspecific background signal.
The data analysis was performed using Flowing Software
(http://www.flowingsoftware.com).

2.7. Histological Analysis of Lungs. Following euthanasia, the
lungs were instilled with OCT Compound (Sakura, The
Netherlands). The lungs were subsequently removed and
placed into OCT Compound and immediately frozen in
liquid nitrogen. 7 𝜇m sections were stained with H&E stain
and histological analysis was performed by light microscopy
(10x objective). Series of pictures were obtained from the
different types of samples that were evaluated and typical
examples are represented.

2.8. Analysis of MPO Enzymatic Activity. Isolated cells were
washed with PBS (5min, 250 g, 4∘C) and the remaining
erythrocytes were lysed by hypotonic lysis using distilled
water for 5 seconds. Cells were washed with PBS (5min,
250 g, 4∘C) and subsequently lysed in PBS with 0.1% Triton
X-100 (Sigma-Aldrich, USA). Peroxidase activity was mea-
sured as the oxidation of tetramethylbenzidine (TMB, 2mM,
Sigma-Aldrich, USA) in 300mM sodium acetate buffer
(pH 5.4) in the presence of 0.075mM hydrogen peroxide
(H
2
O
2
) (Sigma-Aldrich, USA) within 20min as described

previously [24]. The formation of the reaction product
was determined spectrophotometrically as the increase in
absorption at 350 nm using an Infinite M200 microplate
spectrofluorometer (Tecan, Switzerland).

2.9. Caspase 3 Activity Assay. Caspase 3 activity was analyzed
as described previously [25]. Isolated cells were washed twice
with PBS (5min, 250 g, 4∘C) and lysed (50mM HEPES;
5mM CHAPS; 5mM DTT) on ice for 20min and cen-
trifuged (15min, 15 000 g, 4∘C). Lavage fluid was diluted
1 : 1 with 2x concentrated lysing buffer. The proteins present
in supernatants were quantified using Coomassie® Protein
Assay (Bio-Rad, USA) and diluted to an equal concentration.
5 𝜇g of protein samples was incubated in an assay buffer
in parallels (20mM HEPES; 2.5mM CHAPS, 5mM DTT,
2mM EDTA) containing 50𝜇M of caspase 3 (Ac-DEVD-
AMC) substrate (Sigma-Aldrich, USA) at 37∘C for 4 h. The
level of fluorescence was determined using microplate reader
(Infinite 200, Tecan, Switzerland; 360 nm excitation, 460 nm
emission).

2.10. Phosphatidylserine (PS) Externalization (Annexin
V/Propidium Iodide Assay). The presence of cells with

permeable membrane (dead cells) and cells with surface
expression of PS was evaluated by flow cytometry using
propidium iodide (PI) and Annexin V staining, respectively
[26]. Cells were washed with PBS (5min, 250 g, room
temperature), resuspended in 100𝜇L Annexin V binding
buffer (10mMHEPES/NaOH, pH 7.4, 140mMNaCl, 2.5mM
CaCl
2
), and incubated for 15min with 1 𝜇L Annexin V-FITC

(Apronex Ltd., Czech Republic). PI (1 𝜇g/mL) was added
1min before analysis. Flow cytometric analysis of the stained
cells was performed using a BD FACSVerse flow cytometer
(BD Biosciences, USA). The cell population for the analysis
was gated using forward- versus side-scatter parameters to
exclude any debris. Per sample, 10 000 cells were collected.
Three different populations can be identified using this assay:
intact viable cells are negative for both PI and Annexin
V-FITC, apoptotic cells are positive for Annexin V-FITC but
negative for PI, and dead cells positive for both Annexin
V-FITC and PI. The data analysis was performed using
Flowing Software (http://www.flowingsoftware.com).

2.11. DNA Fragmentation. 3 ∗ 106 cells isolated from BALF
were washed with PBS (5min, 250 g, 4∘C) and DNA was
isolated using the Invisorb Apoptosis Detection Kit II
(Invitek; Invitek GmbH, Germany). Gel electrophoresis was
performed in 1.5% agarose (Sigma-Aldrich, USA), using 1 kbp
DNA ladder as a marker (ThermoFisher Scientific, USA).
DNA was stained with ethidium bromide (Sigma-Aldrich,
USA) and scanned on UV-transilluminator using the Scion
Image software (Scion Corporation, USA).

2.12. Statistical Analysis. Statistical comparisons were ana-
lyzed with the Student 𝑡-test for pairwise-dependent samples.
A 𝑝 value equal to or lower than 0.05 was considered
statistically significant. Data are presented as the means ±
standard error of the mean (SEM). All statistical analyses
were carried out with Statistica 10 (StatSoft, USA).

3. Results

3.1. The LPS-Induced Airway Neutrophilia. Intranasal instil-
lation of LPS (0.3mg/kg) in the wild-type and the MPO
deficient mice induced acute airway inflammation, charac-
terized by an increase of the lung lavage cell numbers. This
accumulation of cells in lungs was maximal 48 h after LPS
instillation and declined thereafter (Figure 1(a)). As expected,
while nucleated cells in BALF of untreated mice almost
exclusively represented alveolar macrophages (Figure 1(b)),
increased total numbers of nucleated cells in lung lavage
of both wild-type and MPO deficient mice were almost
exclusively due to neutrophils (Figure 1(c)) as assessed by
Wright-Giemsa stain of cytospin samples. The number of
lymphocytes, basophils, eosinophils, or other undetermined
nucleated cells in BALF did not exceed 4% at any time point
(data not shown). Interestingly, in contrast to expectations,
the total numbers of nucleated cells in lavage were signifi-
cantly lower in the wild-type mice compared to the MPO
deficient mice at last two evaluated time points 48 h and 72 h
after LPS instillation (Figure 1(a)). This was solely due to



4 Oxidative Medicine and Cellular Longevity

∗

∗

Ctrl 8h 24h 48h 72h

WT
MPO KO

0.0

0.5

1.0

1.5

2.0
To

ta
l n

uc
le

at
ed

 ce
lls

 (×
10

6
/m

L)

(a)

Ctrl 8h 24h 48h 72h

WT
MPO KO

0

20

40

60

80

100

M
ac

ro
ph

ag
es

 (%
 o

f n
uc

le
at

ed
 ce

lls
)

(b)

Ctrl 8h 24h 48h 72h

WT
MPO KO

0

20

40

60

80

100

120

N
eu

tro
ph

ils
 (%

 o
f n

uc
le

at
ed

 ce
lls

)

(c)

To
ta

l n
eu

tro
ph

ils
 in

 B
A

LF
 (×

10
6
/m

L)

∗

∗

Ctrl 8h 24h 48h 72h

WT
MPO KO

0.0

0.5

1.0

1.5

2.0

2.5

(d)

Figure 1: Acute lung inflammation induces accumulation of neutrophils in lungs. (a) Total nucleated cell counts, (b) relative count of airway
macrophages, (c) relative count of neutrophils, and (d) total neutrophils in BALF collected at various times (8 h, 24 h, 48 h, and 72 h) after
instillation of LPS (0.3mg/kg) or PBS (control at time 0 h) in wild-type (WT; black bars) and MPO deficient (MPO KO; grey bars) mice.
Values represent mean ± SEM from 8–10 mice with significant difference between WT and MPO KOmice (∗𝑝 < 0.05).

accumulation of neutrophils in lungs of the MPO deficient
mice (Figure 1(d)), since as mentioned above, the differential
count of cells in BALF did not differ significantly between the
wild-type and theMPOdeficientmice (Figures 1(b) and 1(c)).
The determination of peroxidase activity in nucleated cells
isolated from BALF of wild-type and MPO deficient mice

clearly confirmed the absence of peroxidase activity in cells
isolated from BALF of MPO deficient mice (Figure 2).

3.2. Abundance andActivation Status of Neutrophils in Periph-
eral Blood. Extravasation of neutrophils from peripheral
circulation into the lungs is dependent on the number of
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Figure 2: Peroxidase enzymatic activity of MPO in nucleated cells
isolated from inflamed lungs of wild-type and MPO deficient mice.
It was detected by spectrophotometry employing TMB. Data are
presented as the increase in absorption at 350 nm and are expressed
as mean ± SEM (𝑛 = 5).

neutrophils in the blood and activation status corresponding
with a level of the surface expression of molecules (such as
CD11b) involved in adhesion and migration of neutrophils
through a vessel wall to extravascular space. Interestingly,
in contrast to lung neutrophilia, the total neutrophil count
in blood of wild-type and MPO deficient mice before and
at different time points of LPS-induced lung inflammation
did not significantly differ (Figure 3(a)). Similarly, the surface
expression of CD11b did not differ significantly between
blood neutrophils of the wild-type and the MPO deficient
mice at any time point (Figure 3(b)). Further, the CD11b
surface expression was also analyzed on cells isolated from
BALF. Corresponding to peripheral circulation, the CD11b
surface expression was the same in the wild-type and the
MPO deficient animals (data not shown).

3.3. Alternations in the Lung Epithelial Cell Barrier Permeabil-
ity and Increased Accumulation of NO Metabolites in BALF.
Accumulation of neutrophils in lungs during the course of
acute inflammation is alsomodulated by permeability of lung
epithelium and capillaries of peripheral circulation. In our
model, the increase in lung permeability, which is a marker
of injury of lung epithelial cell barrier, was determined
by measuring the total protein in BALF. The total protein
concentration in BALF was significantly increased during
acute lung inflammation with maximal levels at 48 h after
LPS application (Figure 4). However, the total protein in
BALF did not significantly differ between the MPO deficient
and the wild-type mice at any time point. These findings
suggest that significantly higher accumulation of neutrophils
in theMPOdeficientmice could not be explained by different
permeability of lungs. The intranasal administration of LPS
induced production of NO (determined as stable products

nitrites and nitrates in BALF).The analysis revealed increased
levels of NO production in both the MPO deficient and
the wild-type mice, however, without significant differences
between these groups (Figure 5). Finally, histological staining
of lung sections showed no significant differences among
lungs of wild-type and MPO deficient mice either in control
groups or after 48 h of LPS instillation (Figure 6).

3.4. LPS-Induced Accumulation of Proinflammatory Cytokines
in BALF. Corresponding with the course of inflammatory
process, the proinflammatory cytokines were significantly
increased in BALF after LPS instillation. TNF-𝛼 and IL-
6 reached the maximal levels at the earliest time point
after LPS instillation and decreased over the following days
without significant differences between the MPO deficient
and the wild-type mice (Figures 7(a) and 7(b)). IL-12 and
MCP-5 reached maximal levels later, 48 h after the LPS
instillation, and remained increased also at 72 h after LPS
instillation but did not differ between MPO deficient and
wild-type mice (Figures 7(c) and 7(d)). Levels of other potent
chemoattractant RANTES increased from the first time point
and in contrast to other evaluated cytokineswere significantly
higher in BALF of the MPO deficient mice compared to the
wild-type mice (Figure 7(e)).

3.5. Increased Viability in BALF Cells from MPO Deficient
Mice. The accumulation of inflammatory cells can be medi-
ated by alternated apoptosis of extravasated inflammatory
cells. Thus, to further evaluate the observed phenomenon
of higher accumulation of neutrophils in lungs of the MPO
deficient mice after LPS instillation, the cells in BALF were
examined for programmed cell death markers and for their
ability to die after incubation in vitro. Interestingly, the cells
isolated from BALF of the MPO deficient mice revealed a
decrease of number of cells positive for Annexin V staining
and cells positive for Annexin V/PI staining with permeable
membrane (dead cells) (Figures 8(a) and 8(b)). After pro-
longed 5 h incubation of cells ex vivo, the number of Annexin
V positive cells and dead cells increased in BALF cells from
the wild-type mice whereas in the case of cells from theMPO
deficient mice the number of these types of cells remained
low (Figures 8(a) and 8(b)). Interestingly, there was only
background caspase 3 activity either directly in BALF (data
not shown) or in BALF cell lysate, either from the MPO
deficient or from the wild-type mice (Figure 9(a)). Similarly,
we did not observe any fragmentation of DNA either in
freshly isolated cells or after prolonged 5 h incubation of cells
in vitro (Figure 9(b)).

4. Discussion

In this study, the importance of MPO in the course of acute
lung inflammation was evaluated. In contrast to our previous
study showing MPO mediated potentiation of neutrophils
extravasation into the site of inflammation in various other
tissues, such as livers [27], herein the data show that the
MPO deficient mice had significantly increased numbers
of airway infiltrated neutrophils compared to the wild-type
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Figure 3: Total blood neutrophil count and surface expression of CD11b by neutrophils during the course of acute lung inflammation. (a)
Total blood count of neutrophils was determined from total blood leukocytes count and their relative differentiation count in blood samples
taken at various times (8 h, 24 h, 48 h, and 72 h) after instillation of LPS (0.3mg/kg) or PBS (control at time 0 h) in bothWT (black bars) and
MPO KO (grey bars) mice. (b) Expression of surface CD11b receptor on blood neutrophils was determined by flow cytometer with a use of
fluorescent labeled anti-CD11b monoclonal antibodies in blood samples described above. Results are expressed as relative fluorescence units
(RFU). Values represent mean ± SEM from 8–10 mice.
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Figure 4: Total protein concentration during the course of acute
lung inflammation. Total protein concentration in BALF at various
times (8 h, 24 h, 48 h, and 72 h) after instillation of LPS (0.3mg/kg)
or PBS (control at time of 0 h) in both WT (black bars) and MPO
KO (grey bars) mice. Values represent mean ± SEM from 8–10 mice.
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Figure 5: Accumulation of NO metabolites in BALF.
Nitrates/nitrites in BALF at various time points (8 h, 24 h, 48 h, and
72 h) after instillation of LPS (0.3mg/kg) or PBS (control at time
0 h) in bothWT (black bars) and MPO KO (grey bars) mice. Values
represent mean ± SEM from 8–10 mice.



Oxidative Medicine and Cellular Longevity 7

WT MPO KO

Ct
rl

LP
S

Figure 6: Lung histopathology. H&E staining of lung sections of WT and MPO KO mice 48 h after instillation of LPS (0.3mg/kg) or PBS
(ctrl).

mice during the later course of lung inflammation induced
by intranasal application of LPS. Interestingly, most markers
characterizing status of lung injury and inflammation includ-
ing total protein and selected proinflammatory cytokines in
BALF did not significantly differ between the wild-type and
the MPO deficient mice. The only exception was the BALF
levels of RANTES that were increased in the MPO deficient
mice. Interestingly, analysis of the cell death characterized by
robust cell surface expression of PS revealed the significant
delay of this process in BALF cells from the MPO deficient
mice.

We did not observe any significant differences in the
percentage of inflammatory cells in BALF between MPO
deficient and wild-typemice. In agreement with our findings,
Milla et al. did not observe any dissimilarities between wild-
type and MPO deficient mice in BALF cell differentiation
count in a model of transplantation induced lung inflamma-
tion [15]. The large numbers of neutrophils accumulated in
the airspaces pose a major challenge for the host in resolving
inflammation. Interestingly, the significantly more profound
accumulation of leukocytes at the site of inflammation in
MPOdeficientmice was observed also by other authors using
different types of murine inflammatory models. Takeuchi
et al. reported that zymosan mediated inflammation led

to greater neutrophil infiltration into the lungs of MPO
deficient mice [28]. Further, this group showed that the
MPOdeficientmice that received nonviableCandida albicans
showed more severe pneumonia with significantly higher
numbers of alveolar neutrophils than wild-type mice [12].
Other studies revealed that MPO deficient mice exhibited
accelerated lung dysfunction connected with increased num-
ber of inflammatory cells compared to wild-type mice after
allogeneic bone marrow transplantation [15]. Also, recruit-
ment of leukocyte into the peritoneum and glomerular accu-
mulation of leukocytes including neutrophils were increased
in pristine induced inflammation inMPOdeficientmice [20].
On the other hand, Haegens and coauthors showed reduced
inflammation in lungs of MPO deficient mice compared with
wild-type mice despite employing a similar model of acute
lung inflammation induced by intranasal LPS instillation
[29]. However, these authors used different techniques for the
estimation of lung infiltration and used higher dose of LPS
compared to our study, which could result in a significantly
higher level of inflammatory processes with a higher level
of inflammation based injury. Under these conditions, other
mechanisms responsible for the accumulation of neutrophils
in lungs could predominate relative to the mechanisms
suggested in our model. In general, the variability in results
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Figure 7: Levels of proinflammatory cytokines during the course of acute lung inflammation. (a) TNF-𝛼, (b) IL-6, (c) IL-12, (d) MCP-5, and
(e) RANTES concentrations in BALF were determined by commercial ELISA kits in samples described above. Values represent mean ± SEM
from 8–10 mice with significant difference between WT and MPO KOmice (∗𝑝 < 0.05; ∗∗𝑝 < 0.01).
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Figure 8: Determination of cell death in BALF cells. (a) Freshly isolated nucleated cells (1 × 106 cells/mL) from BALF of WT and MPO KO
mice treated for 36 h by intranasal application of LPS (0.3mg/kg) or cells 5 h after isolation were evaluated by flow cytometry using Annexin
V/PI staining. Values representmean from 4mice with significant difference between Annexin V+ cells in BALF fromWT andMPOKOmice
(∗𝑝 < 0.05). (b) Representative scatterplots from flow cytometric analysis. Cells were classified as either viable (lower left quartile, Annexin
V−/PI−) cells with detectable expression of PS (lower right quartile, Annexin V+/PI−) or dead cells with permeable membrane (upper left and
right quartile, PI+).

has to be examined in the context of the complexity of the
lung inflammatory process when the infiltration and the
accumulation of inflammatory cells in lungs are orchestrated
by numerous factors [1, 3]. Thus, herein, a selection of
these factors was determined to systematically evaluate this
process to uncover factors that are affected by MPO and are

connected or responsible for the observed alternations in
lung inflammatory response in MPO deficient mice.

The extravasation of neutrophils into the site of injury
is significantly affected by numbers of neutrophils in
the peripheral circulation and their activation status. The
employed MPO deficient mice were reported to have total
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Figure 9: Determination of caspase 3 activity and DNA fragmentation. (a) Freshly isolated nucleated cells or cells 5 h after isolation (5 ×
10
6 cells/mL) from BALF of WT and MPO KO mice treated for 36 h by intranasal application of LPS (0.3mg/kg) were lysed and caspase 3

activity was determined by enzymatic assay. Cells treated with anti-Fas antibody were used as a positive control. Values represent mean ±
SEM from 8–10 mice with significant difference between WT or MPO KO mice and positive control (∗∗𝑝 < 0.01). (b) DNA extracted from
freshly isolated cells (0 h) or cells incubated in vitro for 5 h (5 h). Cells were isolated from BALF of WT mice treated for 36 h by intranasal
application of LPS (0.3mg/kg). UV-irradiated BALF cells were used as a positive control.

white blood cell counts and differentials similar to the wild-
type animals [17], which was confirmed in our study in both
controls and during the course of acute lung inflammation.
Similarly, other authors have not found any significant differ-
ences in the numbers of leukocytes and neutrophils between
the wild-type and the MPO deficient mice in various inflam-
matory models [8, 15, 30]. Further, we did not observe any
differences in the activation status of neutrophils determined
based on the surface expression of the CD11b among thewild-
type and the MPO deficient mice of either neutrophils in
peripheral circulation or neutrophils obtained from lungs.
The expression of CD11b was selected as a sensitive marker
of neutrophil activation and also an important player of the
neutrophil interaction with endothelium responsible for the
neutrophil extravasation into the site of inflammation [31].
Further, the neutrophil influx into the lungs is affected by the
permeability of the lung epithelium, which was determined
by total protein concentration in BALF, primarily reflecting
the leakage of albumin from lung capillaries of peripheral
circulation into the alveolar space. However, this parameter
did not differ significantly between the wild-type and the
MPO deficient mice. In contrast, BALF protein levels in the
model of transplantation induced lung inflammation were
significantly higher in the MPO deficient compared with the
wild-type mice [15].

The key role in the induction of neutrophil extravasation
into the site of injury is played by proinflammatory cytokines,
particularly with chemotactic potential. Corresponding to
the course of inflammatory process, BALF levels of the proin-
flammatory cytokines were significantly increased after LPS

instillation including two potent chemoattractants. MCP-
5 increased later after LPS instillation but did not differ
between the MPO deficient and the wild-type mice. In
contrast, levels of RANTES were higher in BALF of the
MPO deficient mice. RANTES is not a primary chemokine
responsible for the extravasation of neutrophils at the site
of inflammation; nevertheless, the correlation between levels
of RANTES in lung lavage fluid and lung neutrophilia was
presented also by the authors Lee et al. [32].Thus, differences
in levels of chemotactic RANTES could potentially contribute
to an increased extravasation of neutrophils from blood
periphery to the lungs and contribute to observed higher
neutrophilia in theMPOdeficientmice. Interestingly, authors
from laboratory of Dr. Aratani reported that in model of
zymosan induced lung inflammation the lavage from the
MPO deficient mice contained significantly higher levels of
macrophage inflammatory protein-2 (MIP-2) [28]. In their
next study employing model of lung inflammation induced
by nonviableCandida albicans, these authors showed that the
MPO deficient mice had significantly increased production
of MIP-2 and keratinocytes derived chemokine relative to
the wild-type mice [12]. Furthermore, the MPO deficient
mice had even significantly higher BALF concentrations of
TNF-𝛼 and IL-1𝛽 than the wild-type mice [12]. Exploring
the source of MIP-2, these authors showed that the MPO
deficient neutrophils produce greater amount of MIP-2 in
vitro than do the wild-type neutrophils when stimulated with
zymosan or Candida albicans [12, 28, 33]. Interestingly, the
MIP-2 production was reduced when MPO was added to
the MPO deficient neutrophils exogenously. These authors
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speculate that both the lack of hypochlorous acid and the
accumulation of H

2
O
2
due to MPO deficiency contribute to

the upregulation of MIP-2 production in the mouse MPO
deficient neutrophils. Similarly, in the model of transplan-
tation induced lung inflammation the MPO deficient mice
exhibited higher levels of TNF-𝛼 and the chemoattractant
MCP-1 compared to the wild-type mice [15]. The importance
of this phenomenon of higher levels of chemotactic factors in
lungs of the MPO deficient mice for the observed lung neu-
trophilia was shown byHomme et al. when the neutralization
of MIP-2 in vivo significantly reduced neutrophil infiltration
[12]. In context of our study, the presence of higher levels of
RANTES could increase extravasation of neutrophils into the
lungs and increased survival of neutrophils in lungs.

Another key factor affecting the accumulation of inflam-
matory cells in the inflamed lungs is the clearance of
these cells from alveolar space. Thus, induction of regulated
neutrophil cell death, apoptosis, is a critical event in the
downregulation and resolution of inflammation [34, 35].
Therefore, the presence of dying cells in BALF from theMPO
deficient and the wild-type mice was assessed by various
methods including Annexin V staining, caspase 3 activity
determination, and the DNA fragmentation. During apop-
tosis, PS residues on the inner leaflet of the cell membrane
are externalized, providing a marker that can be detected
by binding of Annexin V. Interestingly, significantly fewer
cells positive for Annexin V and a delay in onset of PS
externalization and cell permeability after ex vivo incubation
were detected in BALF cells isolated from the MPO deficient
mice. Substantial delay of the induction of cell death in the
MPO deficient neutrophils strongly suggests possible mech-
anism for increased neutrophilia in the MPO deficient mice
based on the accumulation of the MPO deficient neutrophils
in the inflamed lungs. Interestingly, the defect of apoptotic
induction in neutrophils from the MPO deficient mice was
already suggested by other authors as well. Tsurubuchi et
al. showed that the MPO deficient neutrophils stimulated
with phorbol 12-myristate 13-acetate (PMA) or H

2
O
2
under-

went apoptosis significantly slower compared to normal
neutrophils during interval up to 3 h of incubation [36].
However, in their other study employing zymosan induced
lung inflammation they did not observe this phenomenon
since they did not find an obvious difference in cell death
between the wild-type and the MPO deficient neutrophils
cultured for 6 h in the presence of zymosan [28]. Another
model of the transplantation induced lung injury resulted in
the increased number of inflammatory cells in BALF from
the MPO deficient mice that was associated with suppressed
apoptosis of BALF inflammatory cells [15].

Interestingly, in our study the observed neutrophil cell
death is challenging to classify as conventional apoptosis
since the dying neutrophils showed only one type of apoptotic
marker, the expression of PS. Other markers of apoptosis, the
caspase 3 activity, and DNA fragmentation were not present.
In general, it can be suggested that the type of neutrophil cell
death depends on the way of neutrophil activation. Interest-
ingly, similar to our results Aratani and colleagues observed
delayed PS externalization in PMA activated neutrophils
from the MPO deficient mice that was not associated with

caspase 3 activation [36, 37]. Moreover, Fadeel et al. showed
the caspases activations in neutrophils treated by Fas ligand;
however, it was absent in neutrophils stimulated with PMA
[38]. In agreement with our results, DNA fragmentation
was not observed in neutrophils incubated for 6 h alone or
stimulated with PMA [39].The PS surface exposure is known
as one of the earliest markers of apoptosis and it precedes
the morphologic appearances of apoptosis and changes in
membrane permeability and the characteristic DNA frag-
mentation. Importantly, the PS exposure is a key mechanism
by which apoptotic cells are recognized by macrophages,
targeted for ingestion, and clearance from lungs [34, 35].
These results indicate that MPO probably participates in
process of regulated cell death and contributes to clearance of
neutrophils from lungs and reduction of airway neutrophilia.
Taking into account our previous observations suggesting
that MPO potentiate neutrophils to extravasate into site of
inflammation in various other tissues, such as livers [27], we
assume that in this case the higher number of neutrophils
in the MPO deficient mice is not associated with the higher
extent of LPS-induced neutrophil influx into the lungs. In
contrast, we suggest that MPO deficiency is responsible
for the suppressed cell death of lung infiltrating neutro-
phils.

Interestingly, the MPO effect on neutrophil presence in
the lungs can be both dependent on and independent ofMPO
enzymatic activity. MPO enzymatic activity would be crucial
also in the case of direct contribution of MPO as a cytotoxic
agent that contributes to the induction of the death of cells
accumulated in lungs. We can speculate that MPO enzymatic
activity can decrease the formation of chemotacticmediators,
as suggested by Tateno et al. [33]. Further, cytotoxic potential
of MPO derived intermediates is also suggested to be impor-
tant for the observed different sensitivity of MPO deficient
neutrophils to apoptosis compared to the neutrophils of wild-
type animals. MPO deficiency is suggested to be connected
with suppressed regulated cell death in neutrophils by Milla
et al. [15]. Furthermore, delayed PS externalization in PMA
stimulated leukocytes from MPO deficient mice compared
to leukocytes from wild-type mice was observed by Tsu-
rubuchi et al. [36]. Likewise, pretreatment of neutrophils with
the MPO inhibitor 4-ABAH blocked apoptosis induced by
coactivation of neutrophils by TNF-𝛼 and H

2
O
2
[40]. On

the other hand, current data presented by Metzler et al. also
suggest the importance of MPO independent of enzymatic
activity in the specific regulated cell death NETosis [41].
Based on their observations, MPO is required independently
of enzymatic activity for the release of proteases across
intact membranes, which is key for the activation of specific
proteases during NETosis. However, the importance of this
newly suggested function of MPO independent of enzymatic
activity has to be proven also in other types of regulated cell
death that are relevant for the clearance of neutrophils from
inflamed lungs.

In conclusion, these results suggest that neutrophil-
derived MPO may play an important role in regulating
the course of pulmonary inflammation, independent of its
putative microbicidal functions. Because the MPO deficient
neutrophils undergo delayed apoptosis in vitro, it is possible
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that these neutrophils remain alive longer at sites of inflam-
mation. As a result, they would continue to release various
ROS, inflammatory cytokines, and cytotoxic enzymes for a
longer time, eventually resulting in tissue damage. However,
further work evaluating the time course of appearance of
apoptotic neutrophils is required to confirm the role of
MPO in regulated cell death and to determine whether such
defective functions of neutrophils are involved in the pathol-
ogy of various inflammatory conditions. Knowledge gained
from this research will help to determine more extensively
the biological functions of MPO in inflammatory human
lung disease and will aid in the development of potential
pharmacological treatments for both acute and chronic lung
injury.
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Higher testicular temperature results in altered spermatogenesis due to heat-related oxidative stress. We examined the effects of
decursin extracted from Angelica gigasNakai on antioxidant activity in vitro and in a cryptorchidism-induced infertility rat model.
TM3 Leydig cell viability was measured based on oxidative stress according to treatment. Either distilled water or AG 400mg/kg
of A. gigas extract was administered orally for 4 weeks after unilateral cryptorchidism was induced. After 1, 2, and 4 weeks,
six rats from the control group and six rats from treatment group were sacrificed. Testicular weight, semen quality, antioxidant
activities, nuclear factor erythroid 2-related factor 2 (Nrf2) protein, and mRNA expression of Nrf2-regulated genes were analyzed.
Treatment with A. gigas extract (1) protected TM3 cells against oxidative stress in a dose-dependent manner, (2) improved the
mean weight of the cryptorchid testis, (3) maintained sperm counts, motility, and spermatogenic cell density, (4) decreased levels
of 8-hydroxy-2-deoxyguanosine (8-OHdG) and increased levels of superoxide dismutase (SOD), (5) significantly increased Nrf2
and heme oxygenase-1 (HO-1), and (6) significantly decreased apoptosis. This study suggests that decursin extracted from A. gigas
is a supplemental agent that can reduce oxidative stress by Nrf2-mediated upregulation of HO-1 in rat experimentally induced
unilateral cryptorchidism and may improve cryptorchidism-induced infertility.

1. Introduction

Infertility, which can be explained as the failure of a couple
in trying to conceive after one year of frequent, unprotected
sexual intercourse, is a serious clinical issue that affects 13–
15% of couples worldwide [1]. Male infertility is respon-
sible for 60% of cases involving conceptive couples with
pregnancy-related problems [2]. Sperm is produced by the
highly complicated process of spermatogenesis, and partial
or complete interruption of spermatogenesis ultimately leads
to oligospermia or azoospermia.

Observation study on male infertility with oligozoosper-
mia or azoospermia, in particular, suggests that some patients

may have testicular heat exposure due to an intrinsic defect in
scrotal thermoregulation, varicocele, or work hazard [3]. Sev-
eral studies report that testicular hyperthermia above normal
ranges causes impaired spermatogenesis due to heat-related
oxidative stress on the seminiferous tubules [4, 5]. Moreover,
nuclear factor erythroid 2-related factor 2 (Nrf2) plays a
significant role in preventing the development of oxidative
stress in spermatogenesis [6]. Yu et al. [7] also demonstrated
a strong correlation between functional discrepancy in Nrf2
promoter gene and abnormal spermatogenesis in humans.

Decursin, a major active ingredient from Angelica gigas
Nakai (Apiaceae), has been reported to inhibit the growth of
various cancer cells through cell cycle arrest and apoptosis
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[8, 9]. In addition, a protective effect of decursin has been
suggested against the neurotoxicity in animal cortical cells
[10]. Even further, decursin plays a major role as free radical
scavenger and activated the upregulation of heme oxygenase-
1 (HO-1) expression through stimulation of Nrf2, conferring
protection against oxidative damage in rat pheochromocy-
toma (PC12) cells [11].

We examined the effects of decursin extracted from
Angelica gigas on antioxidant activity in vitro and in a
cryptorchidism-induced infertility rat model. We hypothe-
sized that decursin-induced HO-1 expression would protect
against heat stress-induced degeneration of testicular germ
cells and apoptosis.

2. Methods

2.1. Preparation of Angelica gigas Extract and Characteriza-
tion of Decursin. The extract of Angelica gigas used in our
study was produced using the followingmethod: commercial
Angelica gigas roots were extracted with 12,000mL of 30%
ethanol for 3 hours at 90–100∘C. The extracts were filtered
twice through a 50𝜇m and a 1 𝜇m filter and concentrated in
vacuo and then lyophilized. Decursin in the Angelica gigas
extract was analyzed and quantified by high performance
liquid chromatography (HPLC) using Waters 2695 Prepara-
tion Module HPLC system (Waters Corporation, MA, USA).
Several peaks were obtained in the HPLC chromatogram
by diode array detection (DAD) at 230 nm. The major peak
was identified as decursin by comparison with the standard
compound (Figure 1). As a result of this assay, decursin
content was quantified as 37.6 ± 2.2mg/g.

2.2. Cell Viability Test In Vitro. TM3 cells, an imma-
ture mouse Leydig cell line (Korean Cell Line Bank,
Seoul, Korea), were cultured in Dulbecco’s modified Eagle’s
medium (DMEM)/F-12 medium (GIBCO, Life Technologies
Co., USA) supplemented with 10% heat-inactivated fetal
bovine serum (FBS; GIBCO) at 37∘C. Cells (75,000 cells/mL
medium/well) were plated in 24-well cluster dishes, unless
otherwise specified. They were seeded on 96-well plates in
10% FBS/DMEM/F-12 and breeded for 24 hours. They were
pretreated with the Angelica gigas extract for two hours and
treated with 40 uM hydrogen peroxide (H

2
O
2
) for two hours

to create oxidative cellular stress. Afterwards, alamarBlue
(Invitrogen, USA) was added to the cells, and the intensity
of the presented color was measured at 570 nm using ELISA
Reader (Molecular Devices, USA) after incubating for 3
hours. Cell viability was calculated as previously described
[12].

2.3. Animal Groups and Treatment Protocol. This study was
investigated in strict accordance with the recommenda-
tions in the Guide for the Care and Use of Laboratory
Animals of the National Institutes of Health. The protocol
was approved by the Institutional Animal Care and Use
Committee in School of Medicine, The Catholic Univer-
sity of Korea (CUMC-2012-0168-01). Thirty-six 8-week-old
male Sprague-Dawley rats were treated under an approved
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Figure 1: HPLC chromatogram of the extract of Angelica gigas (a)
and the standard solution (b). The peak with the arrow indicates
decursin in standard compounds. A corresponding peak was seen
in the extract HPLC chromatogram.

protocol. Unilateral cryptorchidism in rats was surgically
induced as previously described [13]. Animals were anes-
thetized, and a midline abdominal incision was performed.
The gubernaculum on the left side was cut to displace the
testis into the abdomen, and the inguinal canal was closed.
The contralateral testis was sham-operated to act as the
paired control; the gubernaculum was cut and the inguinal
canal reconstructed. Either distilled water (𝑛 = 18, control
groups) or 400mg/kg of Angelica gigas extract (𝑛 = 18,
treatment groups) was administered orally for 4 weeks after
unilateral cryptorchidism was induced.Angelica gigas extract
was dissolved in distilled water and administrated orally once
a day. After 1, 2, and 4 weeks, six rats from the control group
and six rats from treatment group were sacrificed and blood
samples were collected. The testes and epididymides were
resected after anesthesia and measured.

2.4. Evaluation of Cauda Epididymal Sperm Count and Motil-
ity. Samples of spermatozoa were collected from the caudal
region of epididymis by mincing it finely in normal saline
containing 0.5% bovine serum albumin at 37∘C and then
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Table 1: Primers used for real-time PCR.

Gene GenBank accession number Sequence (5 → 3) Length of DNA product (bp)

Beta-actin (ACTB) NM 007393 F: CTGTCCCTGTATGCCTCTG 218
R: ATGTCACGCACGATTTCC

Nuclear factor erythroid 2-related factor 2 NM 010902 F: CAGTGCTCCTATGCGTGAA 109
R: GCGGCTTGAATGTTTGTC

Heme oxygenase-1 NM 010442 F: ACAGATGGCGTCACTTCG 128
R: TGAGGACCCACTGGAGGA

were filtered. Sperm suspensions were analyzed as previously
described [14]. The sperm count represents the number of
sperms in 1mL of the medium. Sperm motility is expressed
as the percentage of sperm that showed any movement.

2.5. Measurement of Spermatogenic Cell Density. Testicular
tissues procured were fixed, embedded in paraffin, stained
with haematoxylin-eosin, and inspected under a light micro-
scope at ×400 magnification. Ten characteristic sites in sem-
iniferous tubules were selected randomly and spermatogenic
cell density wasmeasured. It was calculated as the diameter of
germinal cell layer divided by the width of the seminiferous
tubule [15].

2.6. Measurement of Oxidative Stress. Oxidative stress was
assessed by measuring the 8-hydroxy-2-deoxyguanosine (8-
OHdG) content and superoxide dismutase (SOD) activity
quantitatively. Total DNA was extracted from the testis using
the DNeasy Blood & Tissue kit (Qiagen, Valencia, CA,
USA). The level of 8-OHdG was measured with a DNA
oxidation kit (Highly Sensitive 8-OHdG Check ELISA; Japan
Institute for the Control of Aging, Fukuroi, Japan). After
the final color was developed with the addition of 3,3,5,5-
tetramethylbenzidine, absorbance was measured at 450 nm.
Tissue sample concentration was measured from a standard
curve and corrected for DNA concentration. SOD activity
(CuZnSOD and Mn SOD) in tissue was determined using
SOD Assay Kit-WST (Dojindo) and the decrease in the rate
of superoxide-mediated reduction of nitroblue tetrazolium
monitored at 450 nm using a spectrophotometer.

2.7. Western Blot Analysis. Western blot was performed
by the standard method. Equal amounts of proteins were
fractionated by SDS-PAGE gel electrophoresis and electro-
transferred to Immun-Blot PVDF membrane (0.2 𝜇M pore
size, Bio-Rad). Membranes were blocked overnight at 4∘C in
Tris-buffered saline (TBS), 0.05% (v/v) Tween-20, 150mM
NaCl, and 5% (w/v) bovine serum albumin (BSA, Santa
Cruz Biotechnology, Santa Cruz, CA, USA), followed by 2
hours of incubation with primary antibody diluted in the
same buffer. Immunoblot analysis was carried out using
anti-Nrf2 (1/250), anti-HO-1 (1/1000), anti-Bax (1/1000),
and anti-Bcl-2 (1 : 1000) polyclonal antibody (Abcam Co.,
UK). After washing with TBS-T (TBS, 0.1% Tween 20),
the membrane was incubated with anti-rabbit IgG AP-
linked secondary antibody and then washed with the same

buffer. The immunoblotted membrane was developed with
BCIP/NBT color-developing solution. The blots in the sam-
ples were quantified by densitometry analysis using PDQuest
software (Version 7.0, Bio-Rad, Hercules, CA, USA).

2.8. Quantitative Real-Time PCR. The frozen testes were
homogenized with TRIzol reagent (Invitrogen, Carlsbad, CA,
US) to extract mRNA and cDNA synthesis was performed
using the SuperScript 3 First-Strand kit (Invitrogen, Carlsbad,
CA, US) according to the manufacturer’s information. Gene-
specific primers were determined based on the correspond-
ing mRNA sequences with Primer Version 5.0 (Table 1). PCR
amplification of cDNA was performed in a real-time PCR
machine step on plus (Applied Biosystems) with SYBRGreen
PCR Master Mix (Invitrogen) as indicated: 2 minutes at
50∘C for dUTP activation and 10 minutes at 95∘C for initial
denaturation of cDNA followed by 40 cycles, each consisting
of 15 s of denaturation at 95∘C and 60 s at 60∘C for primer
annealing and chain extension.

2.9. Statistical Analysis. Statistical analyses were performed
using SPSS 16.0 (SPSS Inc., Chicago, USA). The data was
expressed as mean ± standard deviation. Statistical signif-
icance was analyzed by ANOVA test and 𝑝 < 0.05 was
considered to be significant.

3. Results

3.1. Protective Effect against Oxidative Stress in TM3 Cells. To
evaluate whether Angelica gigas extract could protect TM3
cells against H

2
O
2
-induced damage, alamarBlue assay was

performed. IncubationwithH
2
O
2
significantly decreased cell

viability by 40% compared to untreated cells. Increased cell
viability was found in a dose-dependent manner (Figure 2).
The viabilities were increased to 140% and 165% by treatment
with Angelica gigas extract concentrations of 10 𝜇g/mL and
50 𝜇g/mL, respectively.

3.2. Body and Testes Weights. There was no significant differ-
ence in contralateral testicular weights for four weeks. Upon
cryptorchidism induction in the first week, there were also
no significant differences in left testicular weights between
the control group and the treatment group. However, the
mean weight of the left testes from the treatment group
was significantly larger compared with the control group on
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Table 2: Comparisons of parameters of the cryptorchid testicular health.

Left testicular weight (g) Sperm count (×106/g cauda) % of motile spermatozoa Spermatogenic cell density

1st week Control 1.526 ± 0.225 350.2 ± 10.9 20.7 ± 3.3 0.343 ± 0.016
AG 1.612 ± 0.033 360.6 ± 14.0 22.5 ± 5.2 0.305 ± 0.031

2nd week Control 1.232 ± 0.165 240.2 ± 13.6 7.6 ± 2.3 0.275 ± 0.043
AG 1.515 ± 0.367∗ 300.8 ± 12.5∗ 14.5 ± 2.7∗ 0.314 ± 0.074∗

4th week Control 0.858 ± 0.285 75.2 ± 18.2 5.7 ± 3.1 0.154 ± 0.028
AG 1.433 ± 0.634∗ 310.5 ± 14.7∗ 13.2 ± 8.2∗ 0.269 ± 0.052∗

Data show the mean ± SD AG, the extract of Angelica gigas treatment.
∗

𝑝 < 0.05 as compared with the control group at the same period of time.
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Figure 2: Protective effects of Angelica gigas extract against H
2

O
2

.
The cells were pretreated with the extract of Angelica gigas 2 hours
before H

2

O
2

treatment. ∗𝑝 < 0.05 as compared with the control
group.

the second and fourth weeks (𝑝 < 0.05).Themean weights of
the left testes are listed in Table 2.

3.3. Sperm Counts and Motility. Mean sperm counts and
the percentage of motile spermatozoa in the left epididymis
are shown in Table 2. There were no significant differences
between the control and treatment groups in the first week,
but mean sperm counts and the percentage of motile sper-
matozoa from the control groupwere significantly lower than
those in the treatment group by the second and fourth weeks
(𝑝 < 0.05).

3.4. Spermatogenic Cell Density. Upon cryptorchidism in-
duction in the first week, considerable spermatocytes lined
up the germinal cell layer in the control and the treatment
groups (Figure 3). On the other hand, the seminiferous tubule
is shrunken and the germinal cell layers are decreased in
the control group after 2 weeks. The germinal cell layer
in the treatment group was thicker compared with that of
the control group by the second and fourth weeks (Table 2,

𝑝 < 0.05).There was no significant difference in contralateral
testicular spermatogenic cell density.

3.5. Measurement of Oxidative Stress. Mean expression of
oxidative stress markers in the left testes is shown in Figure 4.
There were no significant differences in 8-OHdG and SOD
expression between the two groups in the first week. A
time-dependent increase in 8-OHdG and a decrease in SOD
were examined in the control group, but oxidative stress was
observed to be significantly lower in the treatment group at
the same period of time (𝑝 < 0.05).

3.6. Expression of Nrf2 and HO-1. We found that significant
increases of Nrf2 and HO-1 proteins were exhibited in
the treatment group compared with the control group by
the second and fourth weeks (Figure 5(a)). There were no
significant differences inNrf2 andHO-1mRNA in the control
group across time points, but mRNA transcript levels were
significantly higher in the treatment group comparedwith the
control group by the second and fourth weeks (Figure 5(b)).
Moreover, the progressive increase in Nrf2 levels was firmly
associated with an increase in HO-1 expression.

3.7. Apoptosis-Related Protein Expression. The expression of
proapoptotic (Bax) and antiapoptotic (Bcl-2) proteins was
investigated. Treatment with Angelica gigas extract signif-
icantly declined the level of Bax protein with a collateral
increase in Bcl-2 protein compared with the control group
over the whole period (Figure 6(a)).These changes decreased
the Bax/Bcl-2 ratio, which is considered to be an index to
evaluate apoptosis (Figure 6(b)).

4. Discussion

Themain findings of our study were as follows.The treatment
with Angelica gigas extract (1) protected TM3 cells against
H
2
O
2
-induced oxidative stress in a dose-dependent manner,

(2) improved the mean weight of the cryptorchid testis, (3)
maintained sperm counts, motility, and spermatogenic cell
density, (4) decreased levels of 8-OHdG and increased levels
of SOD, demonstrating its antioxidant effect, (5) significantly
increased Nrf2 and HO-1, and (6) significantly decreased
apoptosis.

We evaluated the protective effect of Angelica gigas
extract against H

2
O
2
-induced oxidative stress in TM3 cells.
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Figure 3: Time-dependent histopathological findings of left testis (haematoxylin and eosin stain). Scale bars shown in each figure represent
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Figure 4: Comparison of the expression levels of SOD (a) and 8-OHdG (b). AG, the extract ofAngelica gigas treatment. ∗𝑝 < 0.05 as compared
with the control group at the same period of time.

In addition, we demonstrated that the mean weight of the
cryptorchid testis in the control group was significantly
decreased compared with that of the treatment group by
the second and fourth weeks. Most mammal testes are more
sensitive to heat than other organs, and scrotal temperature
is lower than core body temperature [16, 17]. Elevated intrat-
esticular temperature induces oxidative stress, resulting in
apoptosis and impairment of spermatogenesis [18, 19]. It is
correlated with a decrease in cellular antioxidant defenses
or an increase in the production of reactive oxygen species
(ROS) [20]. Several studies demonstrated that increased ROS
impaired the physiological processes such as capacitation,
hyperactivation, acrosome reactions, and signaling processes
to provide appropriate fertilization [21]. Thus, antioxidant
supplement may help improve the imbalance of an excessive
ROS and restore sperm parameters.

Oral supplements and herbal medicines have been pro-
posed to recover male factor infertility [22]. These sup-
plements were reported to improve sperm quality, and
their antioxidants are thought to decrease ROS in oligoas-
thenospermia patients [23–26]. We found that treatment
with Angelica gigas extract decreases oxidative stress in
cryptorchidism-induced rats and posit that the curative
effects may contribute to suppression of ROS production.
In addition, we examined the detailed mechanism of the
antioxidant activity in Angelica gigas extract.

HO-1 is a stress-responsive protein shortly activated by
variable noxious stimuli as well as oxidative stress. HO-1 has
been known as the cytoprotective effect resistant to oxidative
stress [27]. The Nrf2 antioxidant system also has been rec-
ognized as an important therapeutic target against oxidative
stress, producing expression of cytoprotective enzymes and
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Figure 5: Effect of Angelica gigas extract on protein expression (a) and mRNA expression (b) of Nrf2-regulated genes. AG, the extract of
Angelica gigas treatment; HO-1, heme oxygenase-1; Nrf2, nuclear factor erythroid 2-related factor 2. ∗𝑝 < 0.05 as compared with the control
group at the same period of time.

related proteins [28]. Previous studies have reported that
oxdative stress resulted in lower epididymal sperm motility
in Nrf2 knockout mice [6]. Nrf2 is released and transmits the
stress signal to the nucleus for activation of a specific set of
genes encoding phase II antioxidant enzymes as well as stress
responsive proteins such as HO-1 [29].

Li et al. [30] studied about the oxidative damage on male
reproductive organ. The whole body heat stress upregulated
Nrf2 expression for about aweek, but the significant increased
oxidative stress was identified thereafter. Several supplements
(e.g., sulforaphane, curcumin, and caffeic acid phenethyl
ester) activate the Nrf2 antioxidant response element (ARE)
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Figure 6: Comparison of the expression levels of Bax and Bcl-2 expression in the testicular tissue. (a) Western blot analysis of Bax and Bcl-2.
(b) Densitometric analysis of Bax, Bcl-2, and Bax/Bcl-2 ratio relative to beta-actin. AG, the extract of Angelica gigas treatment. ∗𝑝 < 0.05 as
compared with the control group at the same period of time.

system [31, 32]. Li et al. [11] reported that decursin treat-
ment leads to the upregulation of Nrf2/HO-1 expression
in PC12 cells. Decursin may have the possibilities to pre-
vent chemotherapy-induced cytotoxicity via the activation

of antioxidant enzyme. We found that decursin extracted
from Angelica gigas increased Nrf2 and HO-1 in the cryp-
torchid testis. Moreover, a prevention of decrease in SOD
was observed in the treatment group. Therefore, our results
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suggest that antioxidant defense is reinforced by decursin via
activation of Nrf2 and upregulation of antioxidant enzyme
activity.

The Bcl-2 family and related proteins are key regulators
of apoptosis [33]. They can be classified into two groups:
Bcl-2, an antiapoptotic protein, and Bax, a proapoptotic
protein [34]. Knudson et al. [35] demonstrated that the Bcl-
2 family mainly plays a role during spermatogenesis in Bax-
deficient mice. Several studies have reported the importance
of the Bcl-2 family in heat-induced oxidative stress on male
reproductive function [36, 37]. They suggested the possible
involvement of Bcl-2 and Bax in the germ cell apoptosis. We
also investigated the germ cell apoptosis induced by cryp-
torchidism and the antiapoptotic effect of decursin extracted
from Angelica gigas.

We examined the role of decursin extracted from Angel-
ica gigas as a supplemental agent to prevent heat-induced
oxidative stress in cryptorchidism. Our limitation is that the
more accurate infertility model due to oxidative stress is
needed. More defense mechanisms such as Nrf2 and related
antioxidative enzyme are required if oxidative stress causes
impaired semen parameters, DNA damage, and apoptosis.
Antioxidant supplementation as well as lifestyle change like
no smoking or balanced diet can be helpful for the natural
balance between ROS and antioxidant. Therefore our study
may support appropriate evidence for the use of a new
complementary and alternative medicine for treating male
infertility. In addition, future work should investigate a
detailed mechanism of decursin with or without Nrf2 related
enzyme activity.

The present study suggests that decursin extracted from
Angelica gigas is a supplemental agent that can reduce
oxidative stress by Nrf2-mediated upregulation of HO-1 and
may improve cryptorchidism-induced infertility.
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Oxidative stress illustrates an imbalance between radical formation and removal. Frequent redox stress is critically involved inmany
human pathologies including cancer, psoriasis, and chronic wounds. However, reactive species pursue a dual role being involved in
signaling on the one hand and oxidative damage on the other. Using aHaCaT keratinocyte cell culturemodel, we investigated redox
regulation and inflammation to periodic, low-dose oxidative stress after two, six, eight, ten, and twelve weeks. Chronic redox stress
was generated by recurrent incubation with cold physical plasma-treated cell culture medium. Using transcriptome microarray
technology, we identified both acute ROS-stress responses as well as numerous adaptions after several weeks of redox challenge.
We determined a differential expression (2-fold, FDR < 0.01, 𝑝 < 0.05) of 260 genes that function in inflammation and redox
homeostasis, such as cytokines (e.g., IL-6, IL-8, and IL-10), growth factors (e.g., CSF2, FGF, and IGF-2), and antioxidant enzymes
(e.g., HMOX, NQO1, GPX, and PRDX). Apoptotic signaling was affected rather modestly, especially in p53 downstream targets
(e.g., BCL2, BBC3, and GADD45). Strikingly, the cell-protective heat shock protein HSP27 was strongly upregulated (𝑝 < 0.001).
These results suggested cellular adaptions to frequent redox stress and may help to better understand the inflammatory responses
in redox-related diseases.

1. Introduction

The skin protects against environmental assaults and is
crucial for maintaining the redox homeostasis [1]. The redox
state is determined by the balance between pro- and antiox-
idative processes involving reactive oxygen and nitrogen
species (ROS/RNS) [2]. Excessive presence of ROS/RNS is
associated with a number of pathologies of the skin. This
includes cutaneous malignancies [3], chronic wounds [4],
and psoriasis [5]. There were an estimated 3.45 million new
cases of cancer and 1.75 million deaths from cancer in Europe
in 2012 [6]. The incidence of chronic wounds varies [7] but
is expected to affect about 6.5 million patients in the United
States [8]. The prevalence of psoriasis ranges from 0% to
8.5% according to age and geographic region [9]. Yet, it is
important to recognize the dual role of reactive species, also
in the human skin [10]. At low concentrations, they serve as
signaling molecules [11] while at higher concentrations they
become increasingly cytotoxic [12].

Generally, oxidants can be of exogenous or endogenous
origin. The former derive from, for example, ozone, ionizing
and nonionizing radiation, cigarette smoke, or invasion of
pathogens and their associated infections [13]. The latter
spring from oxygen-metabolizing enzymatic reactions (oxi-
dases) and the leakage of superoxide from mitochondria
[14]. Upon stimulation, the inducible nitric oxide (NO)
synthase contributes to RNS production by generating large
amounts of NO for defense or signaling purposes [15], also in
keratinocytes [16]. Disturbance of the physiological balance
between formation and removal of ROS/RNS (oxidative
stress) disrupts the accurate interplay between the affiliated
cells [17]. However, most toxic effects are counterbalanced by
the complex and finely tuned antioxidative defense system
[18].

We here attempted to investigate the redox response of
HaCaT keratinocytes over three months. Frequent exposure
to reactive species was generated using cold physical plasma.
Cold plasma has been shown to have therapeutic benefit in
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diseases of the skin, such as chronic wounds and psoriasis
[19–21]. The advantage of cold physical plasma over single
oxidative agents is that it provides a more complex mixture
of reactive molecules. Plasma was used tomimic the frequent
redox stress apparent in redox-related diseases on the one
hand and to investigate the effect of its long-term use on
the other. We hypothesized that the cellular responses would
substantially differ in cells exposed to rather acute (up to two
weeks) or chronic (up to twelve weeks) oxidative challenge.
Understanding these differences may help to better under-
stand the skin tissue response in pathologies that involve
chronic redox stress. Several studies have investigated acute
oxidative stress conditions in keratinocyte skin cell culture
models [22–24]. In contrast to primary skin tissue, in vitro
cultures obviously allow the investigation of cells with the
same genetic background over long investigation times and
under highly controlled conditions.

Following repeated redox challenge, we used transcrip-
tome microarray technology to study the molecular mecha-
nisms and to identify markers of cellular redox modulation
in keratinocytes. Periodic redox stress was applied over
3 months and coincided with an altered gene expression
linked to cell metabolism, inflammation, and general stress
response. Ourmodel systemwas designed to emphasize mild
redox conditions rather than applying cytotoxic dosages. We
were able to showdistinct transcript profiles of cytokines, ker-
atins, and growth factors as well as an imperative involvement
of junctional proteins in redox adaptions. Collectively, the
presented system-wide modifications suggest that the simul-
taneous alteration of multiple pathways provides an impor-
tant in-depth transcriptome overview linking permanent
plasma-evoked oxidative stress effects with cell responses and
adaption mechanisms, conceivably having implications in
redox-based diseases of the skin.

2. Material and Methods

2.1. Cell Culture and Cold Physical Plasma. Three mil-
lion epithelial keratinocyte HaCaT cells [25] were cultured
in 75 cm2 dishes using RPMI1640 cell culture medium
supplemented with 8% bovine calf serum (Sigma, USA),
0.1mg/mL penicillin/streptomycin, and 2mM L-glutamine
(Lonza, Switzerland). Cold physical plasma-treated cell cul-
ture medium was generated by exposure of 5mL of fully
supplemented medium to an atmospheric pressure argon
plasma jet (60 s; kINPen 09; neoplas tools, Germany) [26].
Three standard liters per minute of argon (99.99%; Air
Liquide, France) were used as feed gas. The plasma was
generated by applying a voltage of 2–6 kVpp with a fre-
quency of 1.0–1.1MHz to the central electrode. Three million
HaCaT keratinocytes were exposed to 15mL of plasma-
treated medium twice a week and passaged once a week
(Figure 2(a)). After two, six, eight, ten, and twelve weeks, cells
were either subjected to microscopic experiments or RNA or
protein isolation.

2.2. Flow Cytometry. Keratinocytes were loaded with 5 𝜇M
of CM-H

2
DCF-DA or mitotracker deep red (MTDR; both

life technologies, USA) according to the manufacturer’s
instructions. After exposure to plasma-treated medium, cells
were trypsinized and green fluorescence was quantified
using a Gallios flow cytometer (Beckman-Coulter, USA). For
assessment of apoptosis, keratinocytes were plasma-treated
and incubated for 18 h at 37∘C. Etoposide (50 𝜇M) was used
as positive control (BioVision, USA). Subsequently, cells were
loaded with active caspase 3 detection reagent (Enzo, USA)
according to the vendor’s protocol. Keratinocytes were then
trypsinized and subjected to flow cytometric evaluation. Data
analysis was conducted using Kaluza software (Beckman-
Coulter).

2.3. Transcriptomic Analysis. RNA was purified according
to the manufacturer’s instructions (Bio&Sell, Germany) and
RNA quality was maximal (scores of 10 out of 10; data not
shown) as evaluated using low-volume gel electrophoresis
(Bioanalyzer 2010; Agilent, USA). For cRNA generation,
RNA of two independent experiments was pooled for each
sample. cRNA was conjugated to Cy3, and transcriptional
analysis was carried out using microarray-based exon anal-
ysis (Agilent) as described before [27]. Briefly, samples were
hybridized onto SurePrint G3 custom GE 8 × 60K chips
(OakLabs, Germany) for 17 h at 65∘C in a hybridization
oven (Agilent). After washing, fluorescence intensities were
recorded using a gene chip scanner (Agilent). Background-
corrected signal intensities were determined and processed
using feature extraction software (Agilent). Normalization,
statistical tests, clustering, and filtering methods were con-
ducted using gene expression analysis software (Partek,
USA). Microarray data were deposited into gene expression
omnibus database (GSE4876). Data were grouped according
to their respective treatment regime (2, 6, 8, 10, and 12 weeks)
and analyzed statistically usingmultiple testing corrections to
identify differentially expressed genes (at least ±2-fold with
𝑝 < 0.05). Also expression changes of less than ±2-fold are
shown if target expression at one or more time points was
greater than ±2-fold. Additionally, sets of coregulated genes
were functionally clustered, and their biological relevance
was analyzed using PANTHER software.

2.4. Protein Analysis. Instead of validating a large number
of microarray results, we rather chose protein targets based
on their significance within main cellular responses. These
included oxidative defense (PRDX2 was among the 333
always differentially expressed genes (Figure 2(c)); HSP27
and its phosphorylated form were previously found to be
central, studying the redox response in THP-1 monocytes
[28]; NQO1 was also found to be redox-controlled using cold
plasma [27]), cellular damage and apoptosis (histone H2AX
and its phosphorylation are prominent markers of genomic
DNA damage; Puma [29] and p21 [30] are involved in redox-
related apoptosis induction), and cellular structure (keratin 1
showed the strongest regulation among all keratins (Table 2);
𝛽-actin served as housekeeping protein). For protein isola-
tion, cells were lysed in RIPA buffer containing protease and
phosphatase inhibitors (cOmplete Mini, phosSTOP; Roche,
Germany) and 2mM phenylmethanesulfonylfluoride (Roth,
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Germany). For western blotting, proteins of cell lysates
were separated by sodium dodecyl sulfate polyacrylamide
gel electrophoresis on precast 10% gels (AbCam, UK) and
transferred to PVDF membranes (Roth). Immunoblots of
whole protein extracts (20𝜇g) were performed with anti-
bodies against Puma and E-cadherin (all Cell Signaling,
USA); occludin and ZO-1 (both life technologies, USA); and
CTNNB1, 𝛽-actin, Hsp27, phospho-Hsp27, PRDX2, H2AX,
and phospho-H2AX (all SantaCruz,USA).Antibody binding
was followed by three washing steps and incubation with
horseradish peroxidase-coupled secondary antibodies before
chemiluminescence (Light Polaris; Serva, Germany) detec-
tion (ImageQuant; GE Healthcare, USA). Band intensities
were quantified using ImageQuantTL Software (GE Health-
care), normalized to total protein level, and expressed as fold
change compared to the corresponding control.

2.5. Cell Migration and ImmunofluorescenceMicroscopy. One
million HaCaT keratinocytes were seeded onto 60mm plas-
tic culture dishes and incubated overnight to permit cell
adhesion. Scratches were performed using a 10 𝜇L pipette
tip. Gap closure was followed by time lapse microscopy
(Zeiss, Germany) and three gap distances per samples were
evaluated at different time points using Axio Vision soft-
ware (Zeiss). For immunofluorescence, HaCaT keratinocytes
were grown on glass coverslips for 24 h prior to fixation
(4% paraformaldehyde; Sigma) and permeabilization (PBS
with 0.1% Triton X-100; Sigma). Samples were subsequently
incubated with primary antibodies (1 : 500; cell signaling
technologies, USA) targeted at zona occludens protein 1 (ZO-
1) overnight at 4∘C. Cells were washed twice and incubated
with appropriate Alexa Fluor 488-conjugated secondary anti-
bodies (1 : 700; life technologies) for 1 h. Coverslips were
washed and mounted onto glass microscope slides using
mounting medium containing DAPI (VectaShield; Biozol,
Germany) prior to analysis using an Axio Observer Z.1
(Zeiss).

3. Results

3.1. Cold Plasma Induced Redox Changes but Only Modestly
Impacted Cell Viability. Plasma generates reactive species of
various kinds and we found a fluorescence increase of intra-
cellular DCF indicative of redox stress (Figures 1(a) and 1(b)).
Then, we investigated cell viability after single application
of plasma-treated medium. In contrast to positive control
(etoposide), we identified an only subtle, nonsignificant
increase in apoptotic cells receiving plasma-treated medium
(Figures 1(c) and 1(d)). Thus, the plasma treatment time
(60 s) was mediating a rather nontoxic oxidative challenge to
keratinocyte cells.

3.2. HaCaT Keratinocyte Gene Expression Was Affected
by Periodic Redox Challenge. Next, we repeatedly exposed
HaCaT keratinocytes to cold physical plasma-treated (60 s)
cell culturemedium over threemonths to assess its impact on
global gene expression (Figure 2(a)). Hierarchical clustering

illustrated the statistically relevant changes in gene expres-
sion between oxidatively challenged compared to untreated
cells (Figure 2(b)). We detected a total of approximately
3,000 genes with at least ≥2-fold increase or decrease of
expression. Venn diagrams were constructed to identify the
number of exclusively up- or downregulated genes corre-
sponding to the different sampling time points. Overlapping
differences shared among more than one sample group
comparison are represented in the areas of intersection
between two or more circles. The Venn diagram showed
the overlapping genes among the 2,068, 2634, 1602, 1319,
and 1052 transcripts differentially expressed between the
w2 and w12 groups (Figure 2(c)). The 333 transcripts in
the center of the Venn diagram represent genes that are
differently expressed among all treatment groups (in contrast
to control). A total of 123 genes with ID classification
(from these 333 transcripts) were identified using PAN-
THER software (Supplemental Table 1A) (see Supplementary
Material available online at http://dx.doi.org/10.1155/2016/
9816072) and were further subdivided into several functional
and protein classes (Supplemental Table 1B). In total, 411,
1079, 709, 453, and 321 transcripts were upregulated, and 496,
1241, 850, 527, and 391 transcripts were downregulated in
our different groups from w2 to w12 and in comparison to
untreated keratinocytes, respectively. In comparison to w8–
12, the number of differentially expressed genes was higher at
the relatively earlier time points (w2 and w6) (Figure 2(d)).
The differentially expressed genes with a known function
were assigned to gene ontology (GO) and protein classes
(Figure 3). Significant GO terms (𝑝 < 0.05; PANTHER
database) were “immune system” (324 genes) and “response
to stimulus” (457 genes) (Figures 3(a) and 3(b)). Within
the latter, a large number of genes were involved in “stress
responses” (134 genes) and “immunological processes” (128
genes). Further, there were a number of genes related to
signaling (Figure 3(c)), such as protein kinases, phosphatases,
growth factors, cytokines, and chemokines. We also iden-
tified a large set of genes belonging to oxidoreductases
(Figure 3(d)). Taken together, the transcriptomic investiga-
tion revealed a number of modulations following cyclic
oxidative stress.

3.3. The Antioxidative Defense System Was Activated by Fre-
quent Redox Stress. We extended our transcriptomic view to
enzymes involved in resolving redox stress (Figure 4). Stress
signaling on downstream factors, such as heme oxygenases
(HMOX) and NADPH quinone oxidoreductase 1 (NQO1),
was at least in part significantly increased (Figure 4(a)).
Initial (week 2) superoxide dismutases 1 and 3 (SOD1/3)
expression was unaffected whereas their expression reached
a maximum at week 6 of periodic oxidative challenge
(Figure 4(b)). Expression of catalase was moderately but
significantly increased after ten weeks of frequent plasma
exposure. Glutathione peroxidases (GPX1, GPX5, andGPX8)
showed an overall modest upregulation while GPX3 was
found to be constantly downregulated (Figure 4(c)). Per-
oxiredoxin (PRDX) 1, 2, 4, and 6 expressions were rather
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Figure 1: Exposure to plasma-treated medium evoked acute oxidative stress but was not cytotoxic. HaCaT keratinocytes were loaded with
CM-H

2
DCF-DA and exposed to plasma-treated medium (60 s). Cells were subsequently trypsinized and fluorescence was measured using

flow cytometry (a). Compared to control cells, intracellular mean fluorescence intensity (MFI) of DCF was significantly increased in treated
keratinocytes (b). To assess viability, keratinocytes were exposed to plasma-treated medium and incubated for 18 h. Cells were stained for
active caspase 3 and analyzed by flow cytometry (c). The number of apoptotic cells was significantly increased in etoposide control but
not in cells exposed to plasma-treated medium (d). Data are presented as one representative (a, c) or mean + SD (b, d) of two independent
experiments. Statistical comparisonwas done using Student’s 𝑡-test (b) or one-wayANOVAwithDunnett corrections formultiple comparison
to untreated control (d) (∗𝑝 < 0.05, ∗∗∗𝑝 < 0.001).

enhanced, especially after week 6. A significant increase of
expression of members of the antioxidative defense system
was most prominent after 6 weeks of frequent exposure
to plasma-treated medium (Figure 4(d)), indicating strong
adaption responses of keratinocytes.

3.4. Apoptosis Pathways. Only a small number of genes
involved in apoptotic signaling were found in our transcrip-
tomic studies with 31 genes being positive and 17 genes
being negative regulators of apoptosis (Figure 5(a)). BCL2

and BBC3 (both p53-upregulated inducers of apoptosis) tran-
script levels were only nonsignificantly increased throughout
the three months of treatments. Similarly, downregulation
of the cell cycle gate-keeper CDKN1A (p21) was steady but
modest (Figure 5(b)) while upregulation of the DNA repair
enzyme GADD45 was significant at w2 and w6. Heat shock
proteins protect cells from excessive protein stress and sub-
sequently from apoptosis, and we found several candidates
(HSP90A, HSP90AB, andHSP90B) to be significantly upreg-
ulated atw2 and/orw6 (Figure 5(c)). In contrast, actinmRNA
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Figure 2: Repeated redox challenge modulated HaCaT keratinocyte gene expression profile. HaCaT keratinocytes were exposed to plasma-
treated (60 s) medium twice per week, and gene expression was determined after acute (w2) and chronic (w6, w8, w10, and w12) exposure to
redox stress (a). Hierarchical clustering of differentially expressed genes (upregulated: red; downregulated: blue) after several weeks of plasma-
mediated redox challenge (w2 to w12) is shown (b). The Venn diagram visualizes the overlap of the differentially expressed genes (number in
parentheses) between different groups (in color) compared to untreated HaCaT keratinocytes (c). Numbers of differentially expressed genes
with unambiguous identification are given for each treatment regimen and according to PANTHER classification (d).

and protein expression remained relatively unchanged (data
not shown). Therefore, 𝛽-actin was used as loading con-
trol in western blot analysis (Figure 6(a)(I)). Correlating to
transcriptomics, western blot analysis of the antioxidative
enzymes NQO1 and PRDX2 confirmed a slight or significant
upregulation, respectively (Figures 6(a)(II) and 6(a)(III)).
Contrasting data onmRNA expression, a strong upregulation
was seen for Puma (BBC3) and p21 (CDKN1A).Their protein
level remained significantly elevated at weeks 8 to 10 of cyclic
oxidative challenges with p21 but not Puma decreasing after
that (Figures 6(b)(I) and 6(b)(II)). For H2AX, we found a
twofold repression of its total protein (Figure 6(c)(I)) amount
whereas its phosphorylated form (𝛾-H2AX) and the ratio

between phosphorylated und total protein were increased
(Figures 6(c)(II) and 6(c)(III)), indicating cellular perception
of redox stress. Moreover, we detected a significant increase
of the cytoprotective HSP27 total protein as well as its
phosphorylated form throughout this study from w2 to w12
(Figures 6(d)(I) and 6(d)(II)). The p-HSP27/HSP27 ratios
negatively correlated to number of passages periodically
receiving oxidative challenge (Figure 6(d)(III)).

3.5. Gene Expression of Structural Proteins Was Strongly
Affected with Frequent Redox Stress. Structural proteins serve
as important barriers and mediate cell-cell contact. We were
able to identify a differential expression of occludin (OCLN),
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Figure 3: Gene ontology (GO) classification of the identified genes differentially expressed. PANTHER classification system was used to
analyze the gene lists for each experimental group (w2–w12 versus untreated control) to list the categories with the “biological process”
functions domain of GO (𝑝 < 0.05). Differentially expressed genes in the categories “immune system” (a) and “response to stimulus” (b) are
shown. Top hits of the protein classes associated with the repeated redox challenge include signaling molecules (c) and oxidoreductases (d).
The total number of modulated genes is given in parentheses.

several claudins (CLDN 1–4, 7, 8, 12, 17–19, 22, and 23),
and zonula occludens (ZO) tight junction proteins (ZO-
1, ZO-2, and ZO-3) (Table 1). Interestingly, ZO-1 protein
was only upregulated after initial redox challenges up to 6
weeks. CDHs are linked to actin via 𝛽-catenin (CTNNB;
cadherin-associated protein), and mRNA expression of the
latter was also enhanced following repeated exposure to
redox stress. We also discovered transcriptional changes

in a striking number of keratins (KRT) and their associ-
ated proteins (KRTAP) as well as matrix-metalloproteinases
(MMPs) and other structural proteins (Table 2). A significant
decline was seen with KRT1, KRT4, KRT13, and KRT77
while others were strongly upregulated (e.g., KRT35, KRT38,
KRT72, KRT82, and KRT83) after redox stress. KRT1 is
a major epithelial keratin and western blotting confirmed
its significantly lower expression after periodic oxidative
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Figure 4: Transcriptional response of the antioxidant defense system to acute and chronic redox challenge. Transcription of several
antioxidative enzymes in HaCaT keratinocytes was measured using microarray technology. HMOX2 and NQO1 were mainly upregulated
over three months in contrast to a transient upregulation of HMOX1 during acute stress phases followed by downregulation after chronic
stress exposure (a). SOD1, SOD3, and catalase were mainly upregulated (b). GPX1, GPX5, and GPX8 mRNA copy numbers were enhanced
whereas those of GPX3 were found to be reduced (c). Expression of several peroxiredoxins was increased after periodic oxidative stress (d).
Data are presented as mean + SD of two analyses. Statistical analysis was done using one-way ANOVA withDunnett corrections for multiple
comparisons to untreated, normalized control (∗𝑝 < 0.05, ∗∗𝑝 < 0.01, ∗∗∗𝑝 < 0.001).

challenge (Figure 6(b)(III)). The MMPs investigated seemed
to be always upregulated in oxidative stress conditions.While
acute stress only modulated few targets investigated (20/66
in w2), chronic stress affected a larger number of transcripts
(47/66 in w6) with declining numbers after that (32/66 in w8;
31/66 in w10; 21/66 in w12).

3.6. Redox Stress Reduced HaCaT Keratinocyte Motility and
Induced Morphological Changes. Scratch assay was per-
formed to determine keratinocyte motility using time lapse
video microscopy (Figure 7(a)). Repeated plasma treatment
significantly repressed keratinocyte motility following oxida-
tive stress (Figure 7(b)). Interestingly, repression peaked at
w2 but was partially reversed after further redox challenges
(w6 and w8). Visually, periodic exposure to oxidative stress

apparently enlarged cell size as shown using immunofluo-
rescence staining with ZO-1 (Figure 7(c)). Cell size enhance-
ment may be linked to a higher number of mitochondria.
We therefore assessed the total mitochondrial content. Mito-
tracker fluorescence was measured in periodically plasma-
treated cells and compared with untreated keratinocytes.
Using flow cytometry, a moderate but significant increase
in mitochondrial content in stressed cells supported the
notion of enlarged cell bodies after oxidative stress challenge
(Figure 7(d)).

3.7. Plasma-Treated Medium Elicited a Distinct Secretory and
Inflammatory Profile. Secretory products, such as cytokines,
growth factors, and other inflammatory mediators, serve to
mediate autocrine and paracrine communication between
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Figure 5: Apoptosis-related gene expression in response to periodic redox challenge. One hundred and fifteen apoptosis-related genes were
associated with frequent redox challenges whereas 17 and 31 genes belonged to negative or positive regulation apoptosis, respectively (a).
Downstream targets of p53 signaling pathway included BCL2 and BBC3 which represent the proapoptotic p53 pathway and GADD45 that
is involved in DNA repair. All of them were mainly upregulated. CDKN1A plays a role in cell cycle control and senescence and was slightly
downregulated (b). Expression of stress-related heat shock proteins was partially enhanced as well (c). Data are presented as mean + SD of
two analyses (b, c). Statistical analysis was done using one-way ANOVA with Dunnett corrections for multiple comparisons to untreated,
normalized control (∗𝑝 < 0.05, ∗∗𝑝 < 0.01, ∗∗∗𝑝 < 0.001).

cells. An overview of the altered cytokine expression is given
(Table 3). Cold plasma induced not only proinflammatory
(e.g., IL-4, IL-10, and TGF𝛽) but also anti-inflammatory (e.g.,
IL-6, IL-8, and TNF𝛼) cytokines. Moreover and in response
to plasma-mediated oxidative stress, HaCaT keratinocytes
contained significantly increased levels of several growth
factor transcripts (e.g., CSF2, GAS1, FGF6, and IGFs).

4. Discussion

We investigated the HaCaT keratinocyte global transcrip-
tomic profile over three months to identify genes reflecting
adaptions to periodic oxidative stress as seen in redox-related
diseases of the skin.The frequent redox challenge was applied
using cold physical plasma-treated medium as in previous
proteomics studies [31]. Its use is advantageous over addition
of single oxidants as it provides a complex mixture of reactive
components that either originate directly from the plasma gas
phase or are formed during secondary reactionswith ambient
air or water molecules [32]. This includes the deposition of
biologically active reactive molecules, such as superoxide,
hydroxyl radicals, nitrite, nitrate, peroxynitrite, and hydrogen

peroxide [33–35]. Accordingly, and in line with previous
results using other cell types [36–38], plasma-treatedmedium
led to intracellular oxidation (Figure 1). It is important to
consider the dual role exhibited by ROS and RNS [39]. While
cytotoxic effects occur at high doses [40], low-dose redox
stimulation is imperative in cell physiology [41]. Activation of
kinases and inhibition of phosphatases are critically regulated
by reactive species [42]. Reactive species also play a crucial
role inwoundhealing [43]. In particular hydrogen peroxide is
an important second messenger for HaCaT keratinocyte cell
growth [44]. Cellular RNS are mainly produced secondary
to signaling events initiated upon ROS [45]. We here present
a group of interesting targets in response to repetitive redox
stress.

Insufficient removal of reactive intermediates leads to
intracellular accumulation of ROS and results in oxidative
stress [46–48]. This may result in induction of apoptosis
and p53 activation through phosphorylation of MAP kinases
and activation of Bcl-2 family proteins [49–51]. Within the
transcriptome, our continuous plasma treatment targeted
apoptotic processes in HaCaT cells only to a minor extent.
By contrast, Puma and p21 protein were upregulated from
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Figure 6: Western blot analysis showed a differential expression of several redox-related proteins. Western blot analysis confirmed the RNA
expression profiles of𝛽-actin ((a)(I), no change) and of the antioxidative enzymesNQO1 ((a)(II)) and PRDX2 ((a)(III)). Puma and p21 ((b)(I),
(b)(II)) were upregulated after chronic but not acute oxidative challenge whereas keratin 1 was downregulated ((b)(III)). The total amount
of H2AX protein was twofold downregulated after periodic oxidative challenge in contrast to acute stress ((c)(I)) while its phosphorylated
form 𝛾-H2AX was slightly upregulated in response to oxidative stress ((c)(II)). The ratio of p-H2AX to the total protein amount of H2AX
was significantly enhanced after chronic oxidative challenge ((c)(III)).The total amount ((d)(I)) and the phosphorylated form ((d)(II)) of the
stress-related protein HSP27 was significantly enhanced after repeated plasma treatment. The ratio of p-HSP27 to total protein amount of
HSP27 was significantly decreased ((d)(III)). Representative western blot images are shown. Data in diagrams are presented as mean + SD
of two independent experiments. Statistical analysis was performed using one-way ANOVA with Dunnett corrections for multiple testing to
untreated, normalized control (∗𝑝 < 0.05, ∗∗𝑝 < 0.01, ∗∗∗𝑝 < 0.001).
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Figure 7: Periodic oxidative redox challenges decelerated keratinocytes motility and migration. Scratch assays were performed to monitor
artificial wound healing over 24 h. Representative images are shown for controls and repeatedly (1–8 weeks) plasma-treated cells (a). There
was a significant decrease in cell motility following plasma induced redox stress (b). Compared to control cells (ctrl) plasma-treated cells
(w2) displayed a notable enlargement in size as seen after staining cell margins for ZO-1 (c). Mitotracker red fluorescence (MFI), which is
a marker for total mitochondrial content, increased after chronic stress and was measured using flow cytometry (d). Data are presented as
mean + SD of two to four experiments and statistical comparison was done using ANOVA with Dunnett correction for multiple comparison
to untreated, normalized control (b), or Student’s 𝑡-test (d) (∗𝑝 < 0.05, ∗∗𝑝 < 0.01, ∗∗∗𝑝 < 0.001).

w6 to w12, indicating a differential apoptotic programming
with long-term redox challenges [52, 53]. GADD45 modifies
DNA-accessibility if damage is anticipated and its upregu-
lation was only transient (w2 to w6) suggesting that adap-
tive mechanisms take place with frequent redox challenges.
The ROS/RNS-associated, antiapoptotic heat shock proteins
are mediators between p53 and mitogen-activated protein
(MAP) kinase signaling [54]. The cell stress chaperone
HSP90, which is essential for protein folding and transports
within the cell [55], and both total HSP27 protein and its
phosphorylated form, which function in signal transduction

and inhibition of apoptosis [56], were significantly upregu-
lated during frequent oxidative challenge. Bothmolecules are
promising clinical targets to reduce oxidative stress [57, 58].
H2AX facilitates recruitment of DNA repair proteins [59]
and becomes phosphorylated (𝛾-H2AX) as a downstream
effect of the apoptosis cascade and in response to DNA
replication stress in a ATR-dependent manner [60]. The
increased presence of 𝛾-H2AX suggests that genomic stress
was perceived throughout the 3 months of treatment. We
could not find a significant modulation of ATR expression
(data not shown) which corroborates the results of a previous
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Table 1: Expression (fold change compared to untreated control) of tight and adherent junction proteins with at least one significant
modulation throughout the time course of plasma treatment. Actin expression remained relatively unchanged.

Gene name Gene ID w2 w6 w8 w10 w12
Occludin OCLN 1.32 −1.15 −2.11 −2.02 −1.86
Claudin 1 CLDN1 −1.11 −2.32 −1.38 −1.01 1.04
Claudin 2 CLDN2 2.17 2.11 1.40 1.48 −1.26
Claudin 3 CLDN3 1.97 1.68 −4.12 −2.41 −1.27
Claudin 4 CLDN4 1.66 3.19 −1.02 1.00 1.08
Claudin 6 CLDN6 1.59 2.52 −1.16 1.37 −1.99
Claudin 7 CLDN7 1.07 −1.38 −2.03 −1.56 −1.08
Claudin 8 CLDN8 1.05 −10.46 −1.86 −1.31 1.06
Claudin 12 CLDN12 1.42 2.21 1.67 1.78 1.28
Claudin 17 CLDN17 1.86 −1.70 −1.93 −2.66 −2.61
Claudin 18 CLDN18 4.86 −1.11 −1.27 −1.74 −1.81
Claudin 19 CLDN19 1.86 −2.46 −2.41 −1.04 1.38
Claudin 22 CLDN22 17.47 2.93 −1.66 1.26 −1.52
Claudin 23 CLDN23 −1.24 −1.68 −3.49 −2.51 −1.69
Zonula occludens protein 1 TJP1 (ZO-1) 1.68 3.06 1.14 −1.09 1.10
Zonula occludens protein 2 TJP2 (ZO-2) −1.05 −2.27 −2.26 −1.53 −1.07
Zonula occludens protein 3 TJP3 (ZO-3) −1.62 −2.60 −1.45 −1.08 −1.39
Cadherin 2 CDH2 4.78 46.49 11.74 1.56 6.26
Cadherin 3 CDH3 1.37 2.10 1.70 1.26 1.25
Cadherin 4 CDH4 1.66 3.19 −1.02 1.00 1.08
Cadherin 5 CDH5 1.36 2.06 −1.06 1.78 1.15
Cadherin 7 CDH7 1.85 1.97 1.32 2.29 2.27
Cadherin 9 CDH9 2.53 −3.54 −3.35 −2.47 −2.51
Cadherin 10 CDH10 2.14 1.32 1.31 1.63 1.20
Cadherin 13 CDH13 −1.19 2.95 3.40 3.34 −1.09
Cadherin 16 CDH16 3.55 −1.47 −1.42 −1.82 1.11
Cadherin 18 CDH18 2.04 −1.14 2.48 1.18 −1.02
Cadherin 19 CDH19 2.32 −1.35 −1.34 −1.35 −1.31
Cadherin 20 CDH20 5.80 1.76 2.35 1.67 −1.14
Cadherin 23 CDH23 3.07 1.02 2.48 1.47 1.90
Cadherin 24 CDH24 1.53 2.83 1.61 1.25 1.06
𝛼-actin 2 ACTA2 1.10 −1.21 2.70 1.41 1.06
𝛽-actin ACTB 1.34 1.35 1.23 1.04 1.02
𝛽-catenin 1 CTNNB1 1.62 2.05 1.27 1.03 1.21

study investigating the transcriptome in cold plasma-treated
corneas [61].

Oxidative or nitrosative stress is usually counteracted by
enzymatic scavengers while silencing of antioxidative defense
enzymes enhances cellular damage and cancer formation
[62]. We found an upregulation of several peroxiredoxins
and glutathione peroxidases except for GPX3 (Figure 4).
GPX1, GPX5, and GPX8 prevent peroxide-induced oxida-
tive damage, lipid peroxidation, and protein degradation
[63–65]. They were upregulated rather at the beginning of
chronic oxidative challenge (w6) suggesting an adaption
of keratinocytes within the antioxidative defense system
during the later course of culture. The upregulation of
PRDX2, another important antioxidative enzyme, has also
been found in psoriasis [66]. The downmodulation of GPX3,
the only extracellular member of the glutathione peroxide

family [67], may have been compensated by the concomitant
upregulation of the other antioxidative enzymes. The overall
upregulation of the antioxidative system corroborates our
recent results involving a redox-based activation of the Nrf2
pathway controllingHMOX1 expression [27].Our results also
correlate well with previous studies that identified a subtle
decrease of HMOX1 but not HMOX2 [68] following redox
stress.

Keratinocytes appear to play an important role in dif-
ferentiation, migration, and reepithelialization in the final
stage of wound closure [69]. For acute redox stress, plasma-
treated medium notably repressed cell migration which is in
agreement with our previous results using a carcinoma cell
line [70]. Interestingly, cell migration activity partly recov-
ered afterwards, pointing to an adaption of keratinocytes to
periodic redox challenges. Proliferation is tightly linked to
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Table 2: Expression (fold change compared to untreated control) of matrix-metalloproteinases and fibrous structural proteins (keratins) with
at least one significant modulation throughout the time course of plasma treatment.

Gene name Gene ID w2 w6 w8 w10 w12
Matrilysin MMP7 53.36 3.49 3.41 2.65 2.34
Matrix metallopeptidase 27 MMP27 3.00 4.16 3.81 2.74 3.16
Stromelysin 2 MMP10 2.08 124.31 2.81 2.10 2.27
Keratin I cytoskeletal 13 KRT13 −1.22 −5.77 −1.46 −1.35 −1.03
Keratin I cuticular Ha5 KRT35 1.43 12.00 1.71 1.61 1.20
Keratin I cuticular Ha8 KRT38 12.15 3.24 11.82 2.67 1.25
Keratin II cytoskeletal 1 KRT1 −1.21 −87.56 −2.72 −1.57 1.13
Keratin II cytoskeletal 1b KRT77 −1.78 −41.78 −4.12 −2.51 −1.65
Keratin II cytoskeletal 4 KRT4 1.20 −3.27 −1.20 −1.15 −1.03
Keratin II cytoskeletal 8 KRT8 1.46 3.42 1.68 1.26 1.28
Keratin II cytoskeletal 72 KRT72 5.70 3.19 3.04 2.23 3.78
Keratin II cytoskeletal 79 KRT79 −1.08 −1.87 −1.63 6.24 −1.56
Keratin II cuticular Hb2 KRT82 1.35 2.86 2.74 1.94 3.03
Keratin II cuticular Hb3 KRT83 1.79 2.77 1.18 −1.24 1.28
Keratin-associated 3-3 KRTAP3-3 5.60 1.42 2.04 1.48 −1.01
Keratin-associated 4-1 KRTAP4-1 −1.18 −1.12 5.29 −1.11 1.21
Keratin-associated 4-2 KRTAP4-2 −1.10 −2.06 1.76 11.54 −2.28
Keratin-associated 10-7 KRTAP10-7 −1.76 3.76 2.81 3.08 3.84
Keratin-associated 10-10 KRTAP10-10 −1.11 −2.03 3.13 −1.62 −1.13
Keratin-associated 10-11 KRTAP10-11 5.66 3.17 −1.40 −1.42 1.72
Keratin-associated 10-12 KRTAP10-12 −1.27 8.01 4.78 2.68 1.25
Keratin-associated 13-3 KRTAP13-3 1.19 35.43 −1.23 −1.26 1.54
Keratin-associated 16-1 KRTAP16-1 −1.22 −1.30 −1.20 25.27 1.49
Keratin-associated 22-2 KRTAP22-2 −1.29 5.20 −1.54 −1.54 1.89
Filaggrin FLG −14.0 1.05 −1.23 −3.29 −1.41
Laminin subunit alpha-1 LAMA1 2.05 2.09 1.79 1.31 1.19
Late CE protein 1A LCE1A 1.71 7.89 3.03 2.05 1.65
Loricrin LOR −1.68 −6.88 −2.35 −3.90 −1.18
Protein S100-A4 S100A4 −1.44 −4.27 −2.75 −1.14 −1.17
Protein S100-A6 S100A6 −1.06 −3.53 −1.65 −1.53 −1.25
Protein S100-A7 S100A7 1.23 −4.63 −4.54 1.28 1.51
Protein S100-A8 S100A8 1.02 −8.31 −3.31 1.21 1.17
Protein S100-12 S100A12 −1.39 −4.62 −2.42 1.28 1.28

cell-cell contacts and adhesion molecules, such as tight junc-
tions [71–73]. Downregulation of junctional proteins (e.g.,
occludins and claudins) is often associated with impairment
of barrier function and disease [74–76]. Several of such
transcripts were modulated by repetitive redox challenges,
possibly indicating a reorganization of the junctional network
in response to ROS as also suggested by others [77–79].
Keratins also contribute to the barrier properties [80] and
are associated with regulatory functions [81], forming a
signaling network with kinases [82]. A large number of
keratin transcripts were differentially expressed following
repeated exposure to oxidative mediators, possibly being
responsible for the observed differences in cellularmigration.
Moreover, they may be linked to the observed increase in
cell size. This corroborates our previous findings in plasma-
treated THP-1 cells [83] and links to ROS-mediated increase
in keratinocyte cell size and differentiation [84]. In support

of this notion, LCE1A, which is expressed in late stages of
keratinocyte maturation [85], was significantly upregulated.
Filaggrin (FLG), another important component of protective
skin layers of the epidermis was downregulated. A loss of
FLG function is associated with several skin diseases such
as ichthyosis vulgaris [86] and atopic dermatitis [87]. Both
LCE1A and FLG belong to the cornified envelope which was
recently shown to be highly involved in redox regulation via
ROS quenching [88].

We identified a number of secretory factor transcripts
being regulated via frequent redox stress. The extracellular
matrix is important for keratinocyte migration in wound
healing but also prone to MMP digestion [89]. As such,
MMPs participate in physiological (e.g., angiogenesis and
wounds healing) and pathological (e.g., cancer and non-
healing wounds) processes [90–92]. MMP2 (collagenase IV)
and MMP16 (activates MMP2) expression was significantly
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Table 3: Expression (fold change compared to untreated control) of cytokines and growth factors with at least one significant modulation
throughout the time course of plasma treatment.

Gene name Gene ID w2 w6 w8 w10 w12
Interleukin-1𝛼 IL1A 11.85 17.09 4.01 1.36 3.18
Interleukin-1𝛽 IL1B 4.30 5.65 2.30 −1.01 2.14
Interleukin-4 IL4 5.72 −1.34 1.05 −1.33 −1.77
Interleukin-5 IL5 5.51 −1.06 −2.05 −2.34 −1.92
Interleukin-6 IL6 3.38 3.95 1.28 1.82 3.48
Interleukin-8 IL8 2.25 2.83 1.28 −1.84 −1.25
Interleukin-9 IL-9 −1.39 −1.12 2.85 −1.06 −1.26
Interleukin-10 IL10 3.81 1.68 2.08 1.36 1.15
Interleukin-11 IL-11 1.02 −2.34 −1.50 −1.39 −1.80
Pro-interleukin-16 IL16 3.02 −1.45 −1.42 1.98 1.79
Interleukin-17A IL-17A 1.74 2.74 1.35 2.56 1.39
Interleukin-17B IL17B 13.90 3.20 2.94 2.07 7.54
Interleukin-17D IL17D 2.91 11.47 3.16 −1.41 1.55
Interleukin-18BP IL-18BP −2.24 1.12 1.41 1.46 −1.74
Interleukin-17F IL17F −1.46 11.22 −1.55 −1.09 −1.13
Interleukin-19 IL19 2.09 2.51 1.03 2.05 −1.32
Interleukin-24 IL24 1.16 3.53 3.13 2.21 2.27
Interleukin-31 IL31 1.85 16.15 13.18 13.64 1.49
Interleukin-32 IL32 2.25 1.82 −1.07 1.59 1.29
Interleukin-33 IL33 2.87 2.23 1.19 1.30 −1.70
Interleukin-34 IL34 2.01 2.46 −1.07 2.39 −1.20
Interleukin-36𝛼 IL36A 4.38 1.70 −1.23 1.13 −1.01
Interleukin-36𝛽 IL36B 6.59 2.31 2.33 1.25 9.74
Interleukin-37 IL37 1.17 3.11 1.36 −1.06 1.13
Colony stimulating factor 2 CSF2 1.69 6.91 2.54 1.71 1.67
Fibroblast growth factor 2 FGF2 −3.02 2.57 −1.24 1.80 1.36
Fibroblast growth factor 5 FGF5 8.95 −1.22 −1.16 1.03 9.55
Fibroblast growth factor 6 FGF6 1.58 1.20 7.19 1.45 3.01
Fibroblast growth factor 9 FGF9 −1.34 3.59 −1.51 1.77 2.68
Fibroblast growth factor 14 FGF14 1.13 −1.08 1.08 −1.06 3.10
Fibroblast growth factor 18 FGF18 −1.24 13.76 1.68 −1.09 −1.86
Fibroblast growth factor 21 FGF21 1.74 −1.40 −1.30 6.29 1.47
Fibroblast growth factor 22 FGF22 3.02 3.03 −1.33 −1.37 1.47
Growth arrest-specific protein 1 GAS1 3.56 2.33 1.97 1.86 2.36
Growth arrest-specific protein 2 GAS2 −1.22 −1.14 −1.03 8.87 1.32
Growth/differentiation factor 11 GDF11 −1.04 3.04 1.68 1.21 1.04
Insulin-like growth factor I IGF1 7.10 2.70 2.35 1.88 1.14
Insulin-like growth factor II IGF2 2.45 7.87 −3.18 −3.43 −1.21
TGF𝛽 TGFB1 1.61 2.80 1.71 −1.35 −1.06
TNF𝛼 TNFA 1.97 7.57 1.67 1.57 2.10

upregulated at all time points, suggesting a detrimental role
inwound healing processes [93].Moreover, we found a differ-
ential regulation of transcripts associated with inflammatory
processes in the skin (e.g., S100A) [94], which are associated
with an altered cellular phenotype, and enhanced expression
of inflammatorymediators, for example, cytokines [95]. Such
immunemediators are often dysregulated in chronic wounds
[96]. IL-19 transcript numbers were increased in response to

periodic redox stress and were previously reported to upreg-
ulate the expression of proinflammatory IL-6 and TNF𝛼
which together with IL-1 and IL-8 were also found to be
upregulated in our study [97]. These mediators were shown
to be elevated in nonhealing wounds [98–101]. Also highly
proinflammatory neutrophils are chemotactic for CSF2 [102],
and in line with previous studies [103] CSF2 was found to
be constantly elevated in response to redox stress. However,
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periodic redox stress also increased the transcription of anti-
inflammatory mediators. IL-37 is a fundamental inhibitor of
innate immunity [104] and keratinocyte-derived IL-4 and IL-
10 mediate immune suppression [105]. TGF𝛽 has been used
in clinical trials combating deficient wound healing [106] and
was partially increased following plasma as well. Frequent
redox challenges thus generated not only a pro- but also
anti-inflammatory cytokine signature and thus may have a
complex impact on the quality of inflammation in redox-
related diseases.

We can only speculate why there was no consistent
up- and downregulation patterns over time in the targets
investigated in this study. First, gene expression may be
heterogeneous within cultured cells. Frequent cold plasma
treatment may have promoted growth of cells that are better
equipped against oxidative stress, consequently overgrowing
the cells that are not. For example, single cold plasma
treatment of keratinocytes led to G2/M-phase cell cycle arrest
but this was dependent on the total treatment time and was
not present in all cells [107]. Alternatively, all keratinocyte
cells may have adapted to redox stress over time, significantly
altering their basal gene expression profile.

5. Conclusion

Using cold physical plasma-derived reactive species, our
keratinocyte-based in vitro model aimed to mimic the
characteristics of chronic oxidative stress in redox-related
disorders of the skin to pinpoint biomarkers for molecular
therapies. Redox processes are important decision makers
in skin disease and tumorigenesis and here affected cell-
cell communication, cellular proliferation, and inflammatory
processes. The identification of genes and proteins whose
expression is altered following permanent oxidative challenge
is an important step to better understand redox regulations in
clinical settings.
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The main properties and biological effects of the antioxidant carnosine, the natural dipeptide 𝛽-alanyl-L-histidine, are considered.
Data on the effective use of carnosine in different pathologies are presented. Special attention is paid to issues of use of carnosine in
neurologic and mental diseases, in alcoholism as well as in physiological states accompanied by activation of free-radical processes
and formation of oxidative stress.

1. Oxidative Stress and Its Correction
by Antioxidants

The pathogenesis of most diseases involves excess activation
of free-radical processes and disturbance of functioning of
the organism’s antioxidant protection systems. This leads
to increase in the level of reactive oxygen species (ROS)
and forming of oxidative stress (OS). Mechanisms of OS
formation in different pathologies are quite universal and
are especially linked with disturbance of homeostasis and
redox processes. The characterization of ROS, their types,
main sources of formation in the organism, properties, and
transformations are well described in various publications [1–
3]. The main targets of damage under conditions of OS are
proteins, lipids, carbohydrates, and nucleic acids.

It is well known that under normal physiological condi-
tions ROS carry out important regulatory functions in the
organism [1, 4]. However, under uncontrolled increase in
ROS they interact with biomolecules, leading to their oxida-
tivemodifications. Products of suchmodification usually lose
ability to carry out their functions. These products serve
as “markers of oxidative stress,” and they include carbony-
lated, nitrosylated, and glycated proteins; aggregates due to
crosslinking of protein molecules; products of lipid peroxi-
dation (malondialdehyde, diene conjugates, hydroxynonenal,
etc.); various types of hybrid adducts; advanced glycation end

products (AGE products); dihydroguanosine, homocysteine,
and so forth [1, 5]. All these products of oxidative damage of
biomolecules are resistant to destructions and accumulate in
cells, complicating their vital functions. Their neutralization
can play an important role in correction of oxidative stress.

The search for and development of ways to correct
oxidative stress is a relevant problem of modern medicine.
One way that can be effective under clinical conditions
involves the use of the so-called antioxidants, substances that
neutralize ROS, reducing their reactivity in the organism.
Despite the very large number of known antioxidants, to
choose one for effective use in a specific clinical situation is
quite difficult. This is caused by the abundance of factors of
modification of macromolecules under OS. In addition, the
mechanism of action of an antioxidant changes depending
on its chemical structure, bioavailability, and damage rate
of redox processes and severity of oxidative stress in the
organism.

It was found that under conditions of oxidative stress, the
endogenous systems of antioxidant response of the organism
are activated through transcription factor Nrf2 [6]. Conse-
quently, expression of endogenous antioxidant enzyme genes
increased, increasing cellular defenses against detrimental
redox modulations [7, 8].

The human endogenous antioxidant response system
can regulate the amount of reactive species tightly and
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minimize related cellular damage. But the role of exogenous
antioxidants is also important. It was found that exoge-
nous antioxidants have a priming effect on the antioxidant
response system [9]. Working together with the endogenous
antioxidant response system, exogenous antioxidants allow
for amore enhanced and efficient defense against detrimental
redox modulations.

Extensive experimental and clinical material on the use of
antioxidants has accumulated. In medicine, they are mainly
used as additional agents to basic therapy.Manymedications,
in addition to their main therapeutic effect, also manifest
antioxidant properties. However, depending on conditions
and concentration, antioxidants can also show the opposite
to antioxidant effect, that is, prooxidant action. Carotenes are
polyunsaturated compounds; therefore, they can be oxidized
via a radical mechanism and act as prooxidants [10]. Under
certain conditions, for example, in the presence of mixed-
valence metal ions, prooxidative effect is shown by ascorbate.
Vitamin E as an antioxidant is most effective in a complex
with other fat- and water-soluble reductants (ascorbic acid,
ubiquinol, and flavonoids) in whose absence it is quickly
inactivated or transforms into tocopheryl radical capable of
initiating new chains of oxidation of unsaturated lipids; that
is, it becomes a prooxidant as well [5, 11].

Adhering to the correct dosage of an antioxidant, as with
every pharmacologically active compound, is very important.
There are examples of ineffective use of antioxidants in the
treatment of some pathologies accompanied by decrease in
the level of antioxidants in blood plasma. So, clinical trials of
the treatment of Alzheimer’s disease with the addition of the
well-known antioxidants lycopene and vitamins A, C, and E
did not show positive results and even showed progressive
decrease in cognitive function in the study participants in
some cases [12].Though these results do not favor antioxidant
therapy, it might be due to prooxidative effects of these
antioxidants under these conditions as well as terms and the
scheme of their administration.

The choice of a specific antioxidant and exact indications
and contraindications are still insufficiently developed for
every specific disease. There is no information on the inter-
action of pharmaceuticals of natural origin with synthetic
medications. In addition, antioxidants can cause allergic
reactions, be toxic, and show low efficiency, and standard-
ization is not always possible; the possibility of overdose also
remains.Therefore, the search for substances with maximum
antioxidant action and minimum side effects under condi-
tions of OS continues and remains an important problem.
Ideally, the antioxidant should show considerable antioxidant
action within a broad range of concentration, be natural
and hydrophilic, have good bioavailability, be nontoxic, not
form toxic products during interaction with reactive oxygen
species, not have negative effects in case of overdose, and have
good compatibility with other medications.

In spite of the fact that the use of antioxidants in
clinical practice does not always show positive results, the
concept of use of antioxidant therapy is still relevant and
has the potential for effective treatment of a number of
disorders accounting for pathophysiological mechanisms of
their forming and development.

2. Main Properties and Biological Effects
of Carnosine

Numerous references as well as our own work experience
indicate that the antioxidant carnosine, the natural dipep-
tide 𝛽-alanyl-L-histidine, meets almost all requirements for
an ideal antioxidant. It is synthesized and contained in
human muscle and nervous tissues, is easily absorbed in the
digestive tract, penetrates through blood-brain barrier, and
has high bioavailability and membrane-stabilizing action.
Carnosine is a low molecular weight hydrophilic antioxidant
of direct action, though it can also have an impact on the
antiradical protection system of the organism [13]. Results
of experiments on rats showed that carnosine accelerates
the metabolizing of cortisol and noradrenaline released into
blood of animals under stress, showing the mediation effect
of carnosine [14]. Decrease in level of stress hormones in
blood leads to a decrease in the severity of OS. In addition,
carnosine is not addictive; there is no danger of overdose,
and it does not accumulate in the organism during long-
term administration because its surplus is cleaved by the
enzyme carnosinase into amino acids that are easily elim-
inated from the organism [13]. However, it is noteworthy
that there are cases of development of carnosinemia, a rare
autosomal recessive [15] metabolic disorder [16] caused by a
deficiency of carnosinase. This disorder results in an excess
of carnosine in the urine, blood, and nervous tissue [17],
and variety of neurological symptoms have been associated
with carnosinemia [16, 18]; that is, under certain conditions,
carnosine can exert negative effects.

There are publications in which positive biological effects
of carnosine are explained by its pH-buffering properties [19].
However, carnosine is a buffer not only for protons, but also
a buffer for mixed-valence metal ions and reactive oxygen
species [20]. The ability of carnosine to form complexes
with bivalent metals is known: with ions of copper, cobalt,
manganese, and cadmium [21]. In anotherwork, it was shown
that carnosine binds iron ions [22]. Because ions of metals
take an active part in many metabolic processes and can
activate free-radical processes, the ability of carnosine to
regulate the level ofmixed-valencemetal ions in the organism
is onemore important property of carnosine that confirms its
antioxidant status.

Further, the antiglycating [23, 24] and the anticrosslink-
ing [25] properties of carnosine have been shown, which are,
in essence, reflections of its antioxidant effects, the ability to
block oxidation of biomolecules.

Great contributions to the study of molecular mech-
anisms of protection of biomolecules by carnosine were
made by Aldini et al. [26, 27]. Using liquid chromatogra-
phy/electrospray ionization tandem mass spectrometry, they
showed that carnosine and related peptides act as quenchers
of reactive and cytotoxic carbonyl species through its ability
to form adducts with them. This suggested that carnosine is
a protector of biomolecules from oxidative/carbonyl stress.
The ability of carnosine to react with carbonyls of proteins
(termed “carnosinylation” of proteins) was reported by other
authors [28], who considered this property of carnosine
important for inactivation/removal of damaged proteins.
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In culture of human cells, it has been shown that addition
of carnosine into the medium at concentrations close to
physiological (20–50mM) increases longevity of the cells
[29]. This was attributed to either reduction of the length of
telomere fragments of chromosomes, lost by the cell during
every doubling, or decrease in methylation of DNA. It could
not be ruled out that carnosine decreases the accumulation
of some other changes in DNA, whose accumulation above a
critical point leads to termination of divisions.

It has also been reported that carnosine prevents toxic
effects of hyperhomocysteinemia in rats [30]. It is known
that homocysteine is a potent initiator of oxidative stress in
many tissues. However, the molecular mechanism of such
protection is not clear. Perhaps carnosine modulates affinity
of glutamate receptors to homocysteine, prevents accumula-
tion of ROS, or has other protective mechanisms. But it has
been shown that these effects of carnosine are not connected
with the improvement of homocysteine metabolism or the
decrease in its concentration.

Data on the study of biological effects of carnosine shows
that molecular mechanisms of its effects cannot always be
explained only by antioxidant action. The exact molecular
mechanisms of some effects of carnosine observed in exper-
iment should be found. At the same time, obvious positive
effect of this dipeptide allows using carnosine widely already
in routine clinical practice.

Prospects for the use of carnosine in the treatment of
some pathologies are reported in a report by Quinn et al. [31].
Data on the possible physiological role of carnosine based on
its biochemical properties and study of the therapeutic poten-
tial of carnosine in a number of pathologies accompanied
by oxidative or carbonyl stress are presented in a review by
Boldyrev et al. [32].

3. Clinical Use of Carnosine

Researchers of the Kharkov Physiotherapeutic Institute were
the creators of the first injection dosage form of carnosine.
During subcutaneous injection of 0.5–1.0mg, high therapeu-
tic effectiveness in treatment of infectious and rheumatic
polyarthritis and ulcer of the gastrointestinal tract was
obtained [33]. Later, positive effect of carnosine in healing
wounds of lung tissue was shown [34]. Japanese researchers
played a great role in the study of a wound healing effect
of carnosine. They created the agent Z-103 based on a
complex of carnosine and zinc ions (L-carnosine-Zn2+) that
has considerable antiulcer effect and reduces damage to the
stomach lining induced by different forms of stress and
chemical agents [35]. Japanese scientists also have priority
for the use of carnosine in cancer diseases [36]. Carnosine
combined with radiotherapy in treatment of patients with
breast cancer considerably reduced side effects of radiation,
injury of skin and intoxication of the organism, and increases
immunity and increases likelihood of healing of treatment
severalfold. Carnosine was effective also for the prevention
of the cachexia caused by chemotherapy in cancer therapy
[36]. In experimental studies on cultures of tumor cells,
it has been shown that carnosine suppresses proliferation

of human glioblastoma completely, and it decreases the
level of reactive oxygen species and increases the activity
of mitochondrial superoxide dismutase in tumor cells [37].
Possible mechanisms of inhibition of tumor cells growth by
carnosine were considered recently [38].

The ability of carnosine to prevent age-related phacosco-
tasmus of the eye has been shown. Free-radical reactions
leading to oxidative modification of lipids and proteins
of crystallins of tissues of the eye are a basic reason for
phacoscotasmus in senile cataract. In the development of
cataract in the crystalline lens, a considerable decrease in the
endogenous antioxidants glutathione and carnosine occurs.
In clinical trials, efficiency of the agent in the form of
eye drops for treatment of cataract containing 5% solu-
tion of carnosine has been shown. Later, when developing
eye drops, a natural dipeptide, the relative of carnosine
N-acetylcarnosine [13, 39], was successfully applied. Also,
Chinese authors report the ability of carnosine to prevent
development of cataract [40].

Carnosine in the formof 5% solutionwas also successfully
used for the treatment of seasonal allergic rhinoconjunc-
tivitis; thus, the need for additional administration of anti-
histaminic medications disappeared [13]. Carnosine found
application also for the treatment of inflammatory diseases
of parodentium for patients with fixed orthodontic designs:
5% solution of the dipeptide had a substantial immunocor-
recting effect and increased activity of enzymes of antioxidant
protection in saliva [41].

Carnosine was effective in treatment of diabetic compli-
cations in experimental studies on rats with streptozotocin-
induced diabetes. It was found that treatment with carnosine
(1 g/kg body weight per day) restored carnosine kidney levels,
prevented podocyte loss, restrained glomerular apoptosis,
and reduced expression of Bax and cytochromeC [42]. In rats
with experimental diabetic retinopathy, carnosine exerted
considerable protective effect on cells of capillaries of the
retina [43]. Administration of carnosine (100mg/kg injected
daily) to mice with type 2 diabetes, to which experiment
wounds were made (6 millimeters), enhanced significantly
healing of wounds, which was accompanied by increased
expression of growth factors and cytokine genes involved in
wound healing [44].

Carnosine is applied successfully in cardiological prac-
tice. Addition of L-carnosine in cardioplegic solution during
stopped heart operations allows increasing the operation
duration severalfold without signs of necrotic damage of
tissues of the heart in the operative field [45].

In experiments on rats with isoproterenol-induced
myocardial infarction, it was shown that preliminary admin-
istration of carnosine (250mg/kg/day i.p.) reduces cardiac
toxicity of isoproterenol due to reduction of oxidative stress
[46]. Use of carnosine in metabolic syndrome is promising,
a state accompanied by oxidative stress and inflammation
leading to development of diabetes and cardiovascular dis-
eases [47]. There are also data indicating that carnosine has
nephroprotective properties [48].That report provides results
of studies concerning the role of carnosine in kidney diseases,
particularly in ischemia/reperfusion induced acute renal
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failure, diabetic nephropathy, gentamicin-induced nephro-
toxicity, and blood pressure regulation.

Currently in Russia, a tableted dietary supplement under
the name Sevitin is applied as a source of carnosine. It has
been shown that this agent promotes recovery of cerebral
circulation in chronic discirculatory encephalopathy and has
a regulating effect on the activity of the immune system [49].
Studies are carried out focusing on obtaining new carnosine-
containing agents for use under clinical conditions. There is
a report on the creation and testing of nanocomplexes con-
taining carnosine included in the structure of phospholipid
nanostructures [50]. Use of such nanocomplexes provides
resistance of carnosine to the action of carnosinase during its
supply to the destination, which can significantly increase the
influence of the dipeptide.

Recently, the question of reaching the effective concen-
trations of carnosine in tissues during its injection into the
organism was specially studied on mice of C57 Black/6 line.
It was shown that, after intraperitoneal administration of the
agent at dose 1 g/kg, its maximum concentration in blood
plasma is reached in 15 minutes. It was found that admin-
istration of exogenous carnosine could considerably increase
its concentration in the brain: themaximum concentration of
carnosine in the brain is reached 6 hours after injection, when
the concentration of the agent in blood is the minimum [51].

4. Use of Carnosine in Neurologic
and Mental Disorders

It is known that OS develops in Parkinson’s and Alzheimer’s
diseases [52], acute ischemic stroke [53], schizophrenia [54],
depression [55], addictive disorders, alcoholism [56–58], and
so forth. Cells of the nervous system are very sensitive to
free-radical oxidation due to many factors: high intensity of
metabolic processes and high level of oxygen consumption;
large amounts of lipids with polyunsaturated fatty acids;
increased content of bound iron ions (oxidation inducers);
low content of its transporters; formation of ROS during
cellular metabolism of secondary messengers in neuronal
cells; participation of free radicals in neuroregulation; low
level of antioxidant protection in comparison with cells of
other organs. This initiates an excitotoxic “chain reaction” in
which neurons continually experience excessive extracellular
glutamate levels and so forth [3, 5, 59].

This determines the special need for the protection
of cells of nervous tissue against free-radical oxidation by
natural antioxidants able to penetrate through the blood-
brain barrier, such as carnosine.

Positive results were obtained during carnosine addition
(2.0 g/day) to basic therapy of patients with chronic discircu-
latory encephalopathy. Such treatment led to increase in resis-
tance of lipoproteins of blood plasma against Fe2+-induced
oxidation, stabilization of erythrocytes against acid-induced
hemolysis, intensification of respiratory burst of leukocytes,
strengthening of endogenous antioxidant protection of the
organism, and improvement of cognitive functions of the
brain of patients [49], that is, carnosine exerted antioxidant,

membrane-stabilizing, and immunomodulatory effects in
this pathology.

Considerable improvement of clinical state of patients
was observed during administration of carnosine at dose
of 1.5 g/days for 30 days in addition to traditional therapy
in treatment of Parkinson’s disease [60]. Use of carno-
sine reduced toxic effects of basic therapy (side effects of
antiparkinsonian agents). In patients, a statistically signif-
icant reduction of neurologic symptoms (improvement of
coordination of movements) was observed. Positive corre-
lation between activation of antioxidant enzyme of super-
oxide dismutase in erythrocytes and decrease in neurologic
symptoms was revealed. Addition of carnosine in the scheme
of treatment led to reliable decrease in hydroperoxides in
lipoproteins of blood plasma and considerably increased
the resistance low-density and very-low-density lipoproteins
against Fe2+-induced oxidation and also reduction in amount
of oxidized proteins in blood plasma. Thus, addition of
carnosine to basic therapy not only improved considerably
clinical indices, but also elevated the antioxidant status of the
organism in patients with Parkinson’s disease.

Carnosine was reported to have application also in schiz-
ophrenia. A randomized double-blind placebo-controlled
study revealed that carnosine inclusion (2.0 g/days) as an
addition to basic therapy in treatment of patients with
schizophrenia improved their cognitive functions [61].

The protective activity of carnosine against zinc-induced
neurotoxicity and its molecular mechanisms such as cellular
Zn influx and Zn-induced gene expression were investigated
using hypothalamic neurons (GT1-7 cells) [62]. The findings
showed that carnosine could be effective in the treatment
of vascular dementia, as Zn-induced neurotoxicity plays a
crucial role in the pathogenesis of this disorder, and carnosine
inhibits Zn-induced neuronal death.

Dietary supplementation with carnosine has been shown
to suppress stress in animals and improve behaviour, cogni-
tion, and well-being in human subjects [63]. These results
allow with great confidence assuming efficiency of treatment
using carnosine for stress-related and depressive disorders.

5. Correction of Oxidative Stress with
Carnosine in Alcoholic Patients

It has been reported that in alcoholic patients oxidative
stress contributes strongly to forming somatic complications
[64], disturbance of immune status [65], and induction
of apoptosis [66]. In alcoholism, formation of OS can be
increased by ethanol, the concentration of which significantly
exceeds the norm in patients, as well as the toxic metabolite
of ethanol-acetaldehyde, whose level also increases in the
organism during alcoholic intoxication. Acetaldehyde can
bind with many biological molecules (proteins of plasma,
hemoglobin, factors of coagulant systemof blood, lipids, etc.),
forming with them aldehydic adducts that are deposited and
accumulated in different tissues (liver, brain, heart, muscles,
and intestines) [67, 68].
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High indices of oxidative modification of biomolecules of
membranes of erythrocytes and blood serum were found in
alcoholic patients who were in the state of abstinence [69]. In
other works, elevated content of carbonylated proteins and
activity of aminotransferases of blood serum were revealed
in patients with alcoholic delirium who were infected with
hepatitis C or HIV virus [70]. The relationship between level
of oxidation (carbonylation) of proteins of blood plasma and
severity of manifestations of abstinence syndrome in patients
was reported [71]. There is an opinion that a metabolic basis
of developing alcoholic psychosis is the accumulation of
acetaldehyde which, interacting with serotonin, forms toxic
products having hallucinogenic properties [72]. It is known
that, in patients with alcohol addiction, hyperhomocysteine-
mia is observed [73, 74]. The elevated concentrations of
homocysteine stimulate entrance ofCa2+ and increase inROS
in the cytoplasm of neurons, which aggravates the state of OS.
It has been reported that, in homocysteinemia, the functional
activity of both nervous and immune systems of the organism
decreases [30].

Thus, the activation of free-radical processes leading
to accumulation of products of oxidative modification of
biomolecules contributes considerably to the clinical course
of alcoholism and can determine its features, whichmakes the
study of effects of antioxidants in this pathology extremely
important.

We have carried out several investigations on the effects of
carnosine in alcoholism. In experiments in vitro, it is shown
that addition of carnosine in tests with blood of alcoholics
leads to increase in resistance of erythrocytes to acid hemol-
ysis, promoting preservation of normal morphology of these
cells [75].

A placebo-controlled study of the efficiency of carnosine
in correction of OS in patients with alcohol addiction at
the stage of forming of remission has been published [76].
Patients after basic treatment received carnosine at a dose
of 1.2 g/day for one month before being released from the
hospital. It was found that, after treatment in hospital, OS
remained at a high level in patients. One month afterwards,
during investigation in comparison group (patients who did
not receive any agents at the stage of remission formation),
severity of OS remained at the same level, as at baseline. In
the patient groupwho received carnosine, reliable decrease in
carbonylated proteins and products of lipid peroxidation (LP)
in blood plasma to values corresponding to healthy persons
was found. Intake of carnosine by patients for one month
also led to an increase in the activity of superoxide dismutase
of plasma and decrease in the activity of aminotransferases
of blood serum. These results show that intake of carnosine
effectively reduces severity of OS in the organism of alcoholic
patients. Undesirable side effects were not observed. The
mechanism of positive effect of carnosine on severity of OS in
alcoholic patients remains unclear. However, our data on the
ability of carnosine to prevent oxidative damage of proteins
and lipids of blood induced by ethanol or acetaldehyde
in vitro [77] show the ability of this dipeptide to protect
biomolecules against direct toxic effects of ethanol and its
metabolites.

6. Use of Carnosine in Physiological
States Accompanied by Activation of
Free-Radical Processes

Oxidative stress can develop not only in pathological pro-
cesses, but also during considerable physical loads and during
physiological aging of the organism. Therefore, carnosine
now finds broad application as a general health-improving
agent for healthy people under conditions of physical and
psychological stress, during the impact of various adverse
factors, and under extreme conditions. Carnosine is applied
for the acceleration of recovery of tired muscles and increase
in their working capacity in athletes [78] and in healthy
elderly persons with active lifestyle [79]. Under experimental
conditions, the geroprotective effect of carnosine has been
shown. In experiments with the use of a specially bred line of
rapidly agingmice, it was found that inclusion of carnosine in
their diet leads to delay of aging of the animals due to increase
in their antioxidant status [80].

The geroprotective effect of carnosine is mentioned in
many publicationswhere antioxidant, antiglycating, and anti-
crosslinking properties of carnosine are considered, because
it was proven in the course of aging of the organism products
of carbonylation, glycation, and cross-linking accumulate,
which are well neutralized by carnosine.

Developments on the use of carnosine in the cosmetic
industry are promising, which is confirmed by the available
data on the ability of carnosine to prevent structural changes
of collagen in skin and to prevent loss of its elasticity [81].

The cited data on successful use of carnosine in vari-
ous pathologies and in physiological states accompanied by
activation of free-radical oxidation shows prospects for its
use as an effective antioxidant, a protector of tissues against
various adverse factors inducing development of oxidative
stress. Carnosine reduces action of factors whose excess in a
cell has toxic effects.
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Objective. We evaluated the influence of exercise on functional capacity, cardiac remodeling, and skeletal muscle oxidative stress,
MAPK, andNF-𝜅B pathway in rats with aortic stenosis- (AS-) induced heart failure (HF).Methods and Results. Eighteenweeks after
AS induction, rats were assigned into sedentary control (C-Sed), exercised control (C-Ex), sedentary AS (AS-Sed), and exercised
AS (AS-Ex) groups. Exercise was performed on treadmill for eight weeks. Statistical analyses were performed with Goodman and
ANOVA or Mann-Whitney. HF features frequency and mortality did not differ between AS groups. Exercise improved functional
capacity, assessed by maximal exercise test on treadmill, without changing echocardiographic parameters. Soleus cross-sectional
areas did not differ between groups. Lipid hydroperoxide concentration was higher in AS-Sed than C-Sed and AS-Ex. Activity
of antioxidant enzymes superoxide dismutase and glutathione peroxidase was changed in AS-Sed and restored in AS-Ex. NADPH
oxidase activity and gene expression of its subunits did not differ betweenAS groups. Total ROS generationwas lower in AS-Ex than
C-Ex. Exercise modulatedMAPK in AS-Ex and did not change NF-𝜅B pathway proteins. Conclusion. Exercise improves functional
capacity in rats withAS-inducedHF regardless of echocardiographic parameter changes. In soleus, exercise reduces oxidative stress,
preserves antioxidant enzyme activity, and modulates MAPK expression.

1. Introduction

Heart failure is an important public health issue due to
its high prevalence and poor prognosis [1]. Heart failure
is clinically characterized by a reduced exercise capacity
with the early occurrence of fatigue and dyspnea [2, 3].
Skeletal muscle abnormalities can contribute to the impaired
ability to perform physical activities. Muscle changes include

wasting and fibrosis, changes in fiber type and myosin heavy
chain composition, decrease in oxidative capacity, increase in
oxidative stress, and contractile dysfunction [4–8].

Current guidelines strongly recommend regular physical
exercise for patientswith stable heart failure to prevent and/or
attenuate cardiac remodeling and skeletal muscle alterations
[9, 10]. Clinical and experimental studies have shown that
physical exercise attenuates abnormal cardiac remodeling,
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reduces muscle wasting and local inflammation, improves
muscle capillarization, blood flow, and oxygen utilization,
and increases functional capacity, exercise duration, and
quality of life [11–16].

However, most studies on the effects of exercise have
evaluated postmyocardial infarction-induced heart failure.
The influence of exercise during conditions characterized by
persistent left ventricular pressure-overload such as aortic
stenosis remains unsettled. As life expectancy is increasing
and aortic stenosis prevalence augmentswith age, the number
of patients with pressure-overload-induced heart failure will
grow [17]. Experimental studies on the effects of exercise on
cardiac and skeletalmuscle during aortic stenosis have shown
controversial results. Mice with mild or severe aortic stenosis
subjected to short-term voluntary rotating wheel exercise
presented unchanged left ventricular function with a trend
towards aggravated ventricular dysfunction in severe cases
[18]. On the other hand, we observed that aerobic treadmill
training attenuated systolic dysfunction during transition
from compensated cardiac dysfunction to heart failure in
aortic stenosis rats [19]. Furthermore, exercise prevented
skeletal muscle atrophy through anticatabolic effects [19].

Ascending aortic stenosis in rats has been used to induce
persistent and chronic pressure overload. In this model, 3-
4 week-old rats are subjected to a clip placement around
the ascending aorta. After clip placement, aorta diameter is
preserved; as rats grow, stenosis progressively develops. The
model has the advantage that, despite rapid left ventricular
hypertrophy onset, ventricular dysfunction and heart failure
occur slowly [19], similar to what is observed in human
chronic pressure overload. In this study we evaluated the
influence of physical exercise on functional capacity, cardiac
remodeling, and skeletal muscle phenotype and oxidative
stress in rats with aortic stenosis-induced heart failure. Since
the NADPH oxidase (NOX) family is an important source
of reactive oxygen species in various tissues [20] and skeletal
muscle expresses two NADPH oxidase isoforms, we analyzed
NADPH oxidase activity and gene expression of its NOX2
and NOX4 subunits. As mitogen-activated protein kinases
(MAPK) and the nuclear factor-kappa B (NF-𝜅B) pathway
may be involved in skeletal muscle response to oxidative
stress [21], we also evaluated protein expression of these
pathways.

2. Materials and Methods

2.1. Experimental Animals and Study Protocol. Male Wistar
rats weighing 90–100 g were purchased from the Central
Animal House, Botucatu Medical School, UNESP. All exper-
iments and procedures were approved by the Animal Exper-
imentation Ethics Committee of Botucatu Medical School,
UNESP, SP, Brazil, which follows the guidelines established by
the Brazilian College for Animal Experimentation (protocol
number 999/2013).

Rats were anaesthetized with a mixture of ketamine
hydrochloride (50mg/kg, i.m.) and xylazine hydrochloride
(10mg/kg, i.m.) and aortic stenosis (AS) was induced by
placing a 0.6mm stainless-steel clip on the ascending aorta
via a thoracic incision according to a previously described

method [19]. Sham operated rats were used as controls. All
animals were housed in a temperature controlled room at
23∘C and kept on a 12-hour light/dark cycle. Food and water
were supplied ad libitum. Eighteen weeks after surgery, rats
were subjected to transthoracic echocardiogram to evalu-
ate degree of cardiac injury and assigned to four groups:
sedentary control (C-Sed, 𝑛 = 22), exercised control (C-Ex,
𝑛 = 23), sedentary aortic stenosis (AS-Sed, 𝑛 = 25), and
exercised aortic stenosis (AS-Ex, 𝑛 = 27) for eight weeks.
At the end of the experimental period, rats were subjected to
transthoracic echocardiogram and euthanized the next day.
During euthanasia, we determined the presence or absence
of clinical and pathologic heart failure features. The clinical
finding suggestive of heart failure was tachypnea/labored
respiration. Pathologic assessment of heart failure included
pleuropericardial effusion, left atrial thrombi, ascites, hepatic
congestion, pulmonary congestion (lung weight/body weight
ratio higher than 2 standard deviations above the C-Sed
groupmean), and right ventricular hypertrophy (right ventri-
cle weight/body weight ratio higher than 0.8mg/g) [22, 23].

2.2. Exercise Testing. Functional capacity was assessed before
and after the exercise period. Rats underwent 10min/day test-
ing environment adaption for one week before evaluations.
Each animal was tested individually. The test consisted of
an initial 5min warm-up at 5m/min on treadmill. The rats
were then subjected to interval exercise at a speed of 8m/min
followed by 3m/min increases in speed every 3min until
exhaustion. Exhaustion was determined when the animal
refused to run even after electric stimulation or was unable to
coordinate steps [24].Maximum running speedwas recorded
and total distance calculated.

2.3. Exercise Training Protocol. Exercise was performed on
a treadmill five times a week for eight weeks [14, 25]. There
was an initial adaptation period, with a gradual increase in
speed and exercise time. Speed from the 1st to the 3rd week
was 5, 7.5, and 10m/min and then remained constant until
the end of the protocol. Exercise duration from the 1st to
the 6th week was 10, 14, 18, 22, 26, and 30min and then
remained constant until the end of the experiment. In the first
two weeks of training, animals were subjected to low-voltage
electrical stimulation to start exercise. No animals were lost
during exercise training.

2.4. Echocardiography. Cardiac structures and left ventricular
function were evaluated by transthoracic echocardiogram
and tissue Doppler imaging using a commercially available
echocardiograph (General Electric Medical Systems, Vivid
S6 model, Tirat Carmel, Israel) equipped with a 5–11.5MHz
multifrequency transducer as previously described [26–29].
After anesthesia with ketamine hydrochloride (50mg/kg)
and xylazine hydrochloride (1mg/kg) intramuscularly, the
rats were placed in the left lateral decubitus. A two-
dimensional parasternal short-axis view of the left ventricle
(LV) was obtained at the level of the papillary muscles. M-
mode tracings were obtained from short-axis views of the
LV at or just below the tip of the mitral-valve leaflets and
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at the level of the aortic valve and left atrium. M-mode
images of the LV were printed on a black-and-white thermal
printer (Sony UP-890MD) at a sweep speed of 100mm/s.
All LV structures were manually measured by the same
observer (KO). Values obtained were the mean of at least five
cardiac cycles on M-mode tracings. The following structural
variables were measured: left atrium diameter (LA), LV
diastolic and systolic diameters (LVDD and LVSD, resp.), LV
diastolic (D) and systolic (S) posterior wall thickness (PWT)
and septal wall thickness (SWT), and aortic diameter. Left
ventricular mass (LVM) was calculated using the formula
[(LVDD + DPWT + DSWT)3 − LVDD3] × 1.04. LV relative
wall thickness (RWT) was calculated by the formula 2 ×
DPWT/LVDD. Left ventricular function was assessed by
the following parameters: endocardial fractional shortening
(EFS),midwall fractional shortening (MFS), ejection fraction
(EF), posterior wall shortening velocity (PWSV), early and
late diastolic mitral inflow velocities (E and A waves), E/A
ratio, E-wave deceleration time (EDT), and isovolumetric
relaxation time (IVRT). A joint assessment of diastolic and
systolic LV function was performed using the myocardial
performance index (Tei index).The study was complemented
with evaluation by tissue Doppler imaging (TDI) of systolic
(S), early diastolic (E), and late diastolic (A) velocity of the
mitral annulus (arithmetic average travel speeds of the lateral
and septal walls) and E/E ratio.

2.5. Collection of Skeletal Muscle and Other Tissues for Analy-
sis. Biological tissue collection was performed in the Exper-
imental Research Laboratory (UNIPEX), Botucatu Medical
School, UNESP. One day after final echocardiogram, the rats
were weighed and anesthetized with intraperitoneal sodium
pentobarbital (50mg/kg) and euthanized. After blood col-
lecting, hearts were removed by thoracotomy. Atria and
ventricles were dissected and weighed separately. Soleus
muscles of the right and left hind limbs were dissected,
immediately weighed and frozen in liquid nitrogen, and
stored at −80∘C. Lung weight was used to assess the degree
of pulmonary congestion. Fragments of lung and liver were
weighed before and after drying sessions (65∘C for 72 h) to
evaluate wet/dry weight ratio.

2.6. Morphologic Study. Serial transverse 10 𝜇m thick sec-
tions of soleus muscles were cut in a cryostat cooled to −20∘C
and stained with hematoxylin and eosin. Measurements were
performed using a microscope (Leica DMLS; Nussloch, Ger-
many) attached to a computerized imaging analysis system
(Media Cybernetics, Silver Spring, MD, USA). At least 150
cross-sectional fiber areas were measured from each soleus
muscle.

2.7. Oxidative Stress Evaluation

2.7.1. Antioxidant Enzymes Activity and Lipid Hydroperox-
ide Concentration. Soleus muscle samples (∼200mg) were
homogenized in 5mL of cold 0.1M phosphate buffer, pH 7.0.
Tissue homogenates were prepared in amotor-driven Teflon-
glass Potter-Elvehjem, tissue homogenizer. The homogenate

was centrifuged at 10,000 g, for 15min at 4∘C, and the
supernatantwas assayed for total protein, lipid hydroperoxide
(LOOH), and glutathione peroxidase (GSH-Px, E.C.1.11.1.9),
catalase (E.C.1.11.1.6.), and superoxide dismutase (SOD,
E.C.1.15.1.1.) activities by spectrophotometry [7]. Enzyme
activities were analyzed at 25∘C using a microplate reader
(𝜇Quant-MQX 200) with Kcjunior software for computer
system control (Bio-Tec Instruments, Winooski, Vermont,
USA). Spectrophotometric determinations were performed
in aPharmacia Biotech spectrophotometerwith temperature-
controlled cuvette chamber (UV/visible Ultrospec 5000 with
Swift II applications software for computer system control,
Cambridge, UK). All reagents were purchased from Sigma-
Aldrich (St. Louis, MO, USA).

2.7.2. Real-Time Quantitative Reverse Transcription-Polymer-
ase Chain Reaction (RT-PCR). Gene expression of NADPH
oxidase subunits (NOX2, NOX4, p22phox, and p47phox) and
reference genes cyclophilin and glyceraldehyde-3-phosphate
dehydrogenase (GAPDH) was analyzed by RT-PCR accord-
ing to a previously described method [30].

Total RNAwas extracted from soleusmuscleswithTRIzol
Reagent (Invitrogen Life Technologies, Carlsbad, CA, USA)
and treated with DNase I (Invitrogen Life Technologies).
One microgram of RNA was reverse transcribed using
High Capacity cDNA Reverse Transcription Kit, accord-
ing to standard methods (Applied Biosystems, Foster City,
CA, USA). Aliquots of cDNA were then submitted to
real-time PCR reaction using customized assay contain-
ing sense and antisense primers and Taqman (Applied
Biosystems, Foster City, CA, USA) probes specific to each
gene: NOX2 (Rn00576710 m1), NOX4 (Rn00585380 m1),
p22phox (Rn00577357 m1), and p47phox (Rn00586945 m1).
The amplification and analysis were performed using Step
One Plus™ Real-Time PCR System (Applied Biosystems,
Foster City, CA, USA). Data expression was normalized
to reference gene expressions: cyclophilin (Rn00690933 m1)
and GAPDH (Rn01775763 g1). Reactions were performed
in triplicate and expression levels calculated using the CT
comparative method (2−ΔΔCT).

2.7.3. NADPH Oxidase Activity. NADPH oxidase activity
was evaluated in membrane-enriched cellular fraction by
reduction of lucigenin detected by luminometer. Soleus
muscle was carefully washed in PBS to remove blood. Muscle
fragments (∼200mg) were homogenized in 1mL of ice-cold
lysis buffer containing 50mM Tris (pH 7.4), 100mM DTPA,
0.1% 𝛽-mercaptoethanol, and protease inhibitors. Samples
were then sonicated (3 cycles of 10 s at 8W) and centrifuged
at 1,000 g for 3min, at 4∘C. Supernatant was transferred to
another microtube and centrifuged at 18,000 g for 10min,
at 4∘C, and transferred again to ultracentrifuge tubes and
centrifuged at 100,000 g for 45min, at 4∘C. The supernatant
was then discarded and the precipitate resuspended in 100 𝜇L
of lysis buffer [31]. Total protein content was quantified by
the Bradford method. Subsequently, 30 𝜇g of membrane-
enriched cellular fraction was incubated in PBS (pH 7.4, con-
taining EDTA 10 𝜇M) and 150 𝜇L of NADPH 2mM in plastic
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tubes in a Berthold Sirius Luminometer, which performs
automatic 20𝜇L injections of 0.25mM lucigenin into each
tube. Luminescence data were collected every 2 s for 5min
using the FB12/Sirius program. NADPH oxidase activity was
shown as the area under the curve of luminescence data
obtained during the reaction.

2.7.4. ROS Generation. Muscle fragment (∼100mg) was
washed in PBS and incubated in a solution containing
PBS/DTPA and 150 𝜇M dihydroethidium (DHE) for 25min
at 37∘C in a dark room.Themuscle fragmentwas thenwashed
in PBS, transferred to liquid nitrogen, and homogenized with
mortar and pestle. The homogenate was resuspended in ace-
tonitrile (0.5mL), sonicated (3 cycles at 8W for 10 s), and cen-
trifuged (12,000 g for 10min at 4∘C). Supernatant was dried
under vacuum (Speed Vac Plus model SC-110A, Thermo
Savant) and pellets were maintained at 20∘C in the dark until
analysis. Samples were resuspended in 80 𝜇L deionized water
and injected into an HPLC system. Total ROS generation
was evaluated by quantification of two DHE oxidation-
derived fluorescent compounds, 2-hydroxyethidium (EOH)
and ethidium, using the HPLC according to a previously
described method [31, 32]. EOH is generated when DHE is
oxidized by anion superoxide, while ethidium production is
associated to heme proteins levels and peroxidase activity.
DHE-derived products were expressed as ratios of generated
EOH and ethidium over consumed DHE (initial DHE con-
centration minus remaining DHE).

2.8. Western Blotting. Soleus muscle protein levels were ana-
lyzed byWestern blotting according to a previously described
method [33] using specific anti-JNK (JNK 1/2 D-9 sc-137019),
p-JNK (p-JNK G-7 sc-6254), p38 (p38 𝛼/𝛽 A-12 sc-7972),
p-p38 (p-p38 Thr 180/Tyr 182-R sc-17852-R), ERK (ERK 1
C-16 sc-93), p-ERK (p-ERK 1/2 Thr 202/Tyr 204 sc-16982),
NF-𝜅B (p65 NF-𝜅B sc-7151), p-NF-𝜅B (Ser 536 p-p65 NF-
𝜅B sc-33020), I𝜅B (I𝜅B-𝛼 sc-1643), and p-I𝜅B (p-I𝜅B-𝛼 sc-
101713) antibodies (Santa Cruz Biotechnology, Santa Cruz,
CA, USA). Protein levels were normalized to GAPDH (6C5
sc-32233, Santa Cruz Biotechnology).

Muscle protein was extracted using RIPA buffer and
supernatant protein content was quantified by Bradford assay.
Samples were separated on a polyacrylamide gel and then
transferred to a nitrocellulose membrane. After blockade,
membrane was incubated with the primary antibodies.
Membrane was then washed with TBS and Tween 20 and
incubated with secondary peroxidase-conjugated antibod-
ies. Super SignalⓇ West Pico Chemiluminescent Substrate
(Pierce Protein Research Products, Rockford, USA) was used
to detect bound antibodies.

2.9. Statistical Analysis. Data are expressed as the mean ±
standard deviation or median and percentiles. Comparisons
between groups were performed by analysis of variance
(ANOVA) for a 2 × 2 factorial design followed by the Tukey
test or Mann-Whitney test (𝑝 × 2 value). Comparisons of
interest are as follows: C-Ex versus C-Sed, AS-Sed versus

Table 1: Frequency of heart failure features in the aortic stenosis rats.

Frequency (%)
AS-Sed (𝑛 = 18) AS-Ex (𝑛 = 18)

Tachypnea/labored respiration 22.2 16.7
Left atrial thrombi 33.3 38.9
Pleuropericardial effusion 66.7 55.6
Hepatic congestion 16.7 11.1
Pulmonary congestion 66.7 66.7
Right ventricular hypertrophy 72.2 61.1
Ascites 22.2 5.60
AS-Sed: sedentary aortic stenosis group; AS-Ex: exercised aortic stenosis
group; 𝑛: number of animals. Goodman test; 𝑝 > 0.05.

C-Sed, AS-Ex versus AS-Sed, and AS-Ex versus C-Ex. Mor-
tality and frequency of heart failure features were compared
between AS-Ex and AS-Sed groups using the Goodman test.
The level of significance was set at 5%.

3. Results

3.1. Experimental Groups and Anatomic Parameters. At the
end of the experimental period, C-Sed group contained
22 and C-Ex 19 rats. One rat from C-Sed had ascites and
one from C-Ex presented pleural effusion. AS-Sed and AS-
Ex groups had 18 rats each at the end of the experiment.
Mortality did not statistically differ between groups. The
frequency of heart failure features did not differ between AS-
Ex and AS-Sed groups (Table 1).

Anatomical variables are presented in Table 2. Final body
weight did not differ between groups. Left ventricle, right
ventricle, atria, and lungs weights, absolute or normalized to
body weight values, were higher in AS-Sed and AS-Ex than
their respective controls. Soleus muscle weight was lower in
the AS-Sed than C-Sed and gastrocnemius weight was lower
in AS-Sed and AS-Ex than controls.

3.2. Exercise Testing. At initial exercise test, AS rats presented
worse functional capacity than control groups, characterized
by less run distance and time spent on the treadmill. At
the end of the experiment, functional capacity was better in
exercised than sedentary rats and worse in AS than control
rats (Table 3).

3.3. Echocardiographic Evaluation. Before the exercise pro-
tocol, groups with aortic stenosis presented concentric left
ventricular hypertrophy with mild systolic dysfunction and
diastolic dysfunction. All parameters were similar in AS-Ex
and AS-Sed groups (data not shown).

At the end of the experiment, structural variables did not
differ between C-Ex and C-Sed group, except for reduced LV
systolic posterior wall thickness in C-Ex. Both AS-Ex and
AS-Sed presented higher LV systolic and diastolic diameters,
LV wall thickness, relative wall thickness, aorta and left
atrium diameters, and LVmass than their respective controls
(Table 4). Functionally, there were no differences between C-
Ex and C-Sed groups. AS-Ex and AS-C groups had decreased



Oxidative Medicine and Cellular Longevity 5

Table 2: Anatomical data.

C-Sed (𝑛 = 22) C-Ex (𝑛 = 19) AS-Sed (𝑛 = 18) AS-Ex (𝑛 = 18)
BW (g) 454 ± 57.4 466 ± 64.6 435 ± 35.8 439 ± 47.8
LVW (mg) 0.92 (0.86–0.99) 0.96 (0.84–1.04) 1.40 (1.28–1.73)∗ 1.36 (1.23–1.50)†

LVW/BW (mg/g) 1.95 (1.78–1.99) 1.88 (1.67–2.11) 3.17 (2.67–3.86)∗ 3.35 (2.74–3.84)†

RVW (mg) 0.24 (0.21–0.25) 0.23 (0.21–0.28) 0.45 (0.31–0.55)∗ 0.43 (0.26–0.54)†

RVW/BW (mg/g) 0.48 (0.42–0.51) 0.50 (0.41–0.56) 0.99 (0.76–1.22)∗ 0.98 (0.62–1.28)†

Atria (mg) 0.09 (0.07–0.10) 0.09 (0.08–0.11) 0.31 (0.27–0.38)∗ 0.27 (0.15–0.35)†

Atria/BW (mg/g) 0.19 (0.14–0.21) 0.19 (0.16–0.23) 0.68 (0.59–0.87)∗ 0.68 (0.59–0.87)†

Lung (mg) 1.84 (1.65–2.02) 1.78 (1.48–2.03) 3.35 (2.31–4.08)∗ 3.15 (2.11–3.50)†

Lung/BW (mg/g) 3.84 (3.54–4.25) 3.60 (2.98–4.12) 6.58 (4.40–8.10)∗ 7.36 (4.83–10.25)†

Soleus (g) 0.25 ± 0.05 0.22 ± 0.05 0.22 ± 0.04∗ 0.21 ± 0.03
Soleus/BW (mg/g) 0.50 ± 0.10 0.45 ± 0.11 0.48 ± 0.07 0.49 ± 0.09
Gastro (g) 2.67 ± 0.33 2.70 ± 0.29 2.44 ± 0.33∗ 2.42 ± 0.27†

Gastro/BW (mg/g) 5.39 ± 0.41 5.51 ± 0.44 5.33 ± 0.54 5.54 ± 0.41
C-Sed: sedentary control group; C-Ex: exercised control group; AS-Sed: sedentary aortic stenosis group; AS-Ex: exercised aortic stenosis group; BW: body
weight; LVW: left ventricle weight; RVW: right ventricle weight; Gastro: gastrocnemius muscle weight. Data are mean± SD ormedian and percentiles; ANOVA
and Tukey or Mann-Whitney; ∗𝑝 < 0.05 versus C-Sed; †𝑝 < 0.05 versus C-Ex.

Table 3: Maximal exercise test before and after physical training.

C-Sed (𝑛 = 22) C-Ex (𝑛 = 19) AS-Sed (𝑛 = 18) AS-Ex (𝑛 = 18)
Distance

Before 257 ± 86.5 247 ± 55.8 171 ± 59.7∗ 163 ± 35.5†

After 225 ± 64.8 304 ± 47.5∗ 154 ± 48.9∗ 254 ± 47.2†‡

Time
Before 22.8 ± 4.10 22.7 ± 2.53 18.5 ± 3.16∗ 18.1 ± 2.16†

After 21.7 ± 3.51 25.1 ± 1.94∗ 18.0 ± 3.05∗ 22.7 ± 2.61†‡

C-Sed: sedentary control group; C-Ex: exercised control group; AS-Sed: sedentary aortic stenosis group; AS-Ex: exercised aortic stenosis group. Data are mean
± SD; ANOVA and Tukey; ∗𝑝 < 0.05 versus C-Sed; †𝑝 < 0.05 versus C-Ex; ‡𝑝 < 0.05 versus AS-Sed.

Table 4: Echocardiographic structural data.

C-Sed (𝑛 = 22) C-Ex (𝑛 = 19) AS-Sed (𝑛 = 18) AS-Ex (𝑛 = 18)
LVDD (mm) 8.30 ± 0.55 8.50 ± 0.55 9.02 ± 0.85∗ 9.17 ± 0.74†

LVDD/BW (mm/kg) 16.6 ± 2.05 16.8 ± 1.91 18.9 ± 2.69∗ 20.4 ± 3.09†

LVSD (mm) 4.05 ± 0.55 4.30 ± 0.60 4.81 ± 1.17∗ 5.27 ± 0.98†

DPWT (mm) 1.42 (1.38–1.46) 1.38 (1.31–1.44) 2.06 (1.84–2.12)∗ 1.99 (1.84–2.17)†

SPWT (mm) 3.01 (2.76–3.14) 2.69 (2.65–3.00)∗ 3.60 (2.86–3.79)∗ 3.49 (2.91–3.72)†

DSWT (mm) 1.43 (1.40–1.46) 1.38 (1.34–1.46) 2.11 (1.84–2.16)∗ 2.01 (1.84–2.17)†

SSWT (mm) 2.52 (2.42–2.65) 2.42 (2.33–2.59) 2.79 (2.59–3.16)∗ 2.93 (2.68–3.25)†

RWT 0.34 (0.33–0.36) 0.33 (0.31–0.34) 0.44 (0.38–0.48)∗ 0.42 (0.40–0.50)†

AO (mm) 4.02 (3.83–4.16) 4.02 (3.83–4.16) 3.94 (3.80–4.16) 3.94 (3.80–4.09)
LA (mm) 5.29 (4.93–5.69) 5.66 (5.47–5.99) 8.54 (7.88–8.69)∗ 8.14 (6.79–8.54)†

LA/AO 1.32 (1.26–1.38) 1.43 (1.30–1.52) 2.17 (1.83–2.29)∗ 2.09 (1.67–2.24)†

LA/BW (mm/kg) 10.3 (9.5–12.1) 10.9 (10.0–12.3) 17.3 (14.8–19.5)∗ 17.3 (15.7–18.9)†

LVM (g) 0.82 (0.77–0.89) 0.83 (0.74–0.93) 1.62 (1.18–1.87)∗ 1.38 (1.32–1.93)†

LVMI (g/kg) 1.69 (1.44–1.88) 1.64 (1.47–1.85) 2.81 (2.69–3.67)∗ 3.40 (2.66–4.16)†

C-Sed: sedentary control group; C-Ex: exercised control group; AS-Sed: sedentary aortic stenosis group; AS-Ex: exercised aortic stenosis group; LVDD and
LVSD: left ventricular (LV) diastolic and systolic diameter, respectively; BW: body weight; DPWT and SPWT: LV diastolic and systolic posterior wall thickness,
respectively; DSWT and SSWT: LV diastolic and systolic septal wall thickness, respectively; RWT: relative wall thickness; AO: aorta diameter; LA: left atrial
diameter; LVM: LV mass; LVMI: LVM index. Data are mean ± SD or median and percentiles; ANOVA and Tukey or Mann-Whitney; ∗𝑝 < 0.05 versus C-Sed;
†

𝑝 < 0.05 versus C-Ex.
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Table 5: Echocardiographic evaluation of left ventricle systolic function.

C-Sed (𝑛 = 22) C-Ex (𝑛 = 19) AS-Sed (𝑛 = 18) AS-Ex (𝑛 = 18)
HR (bpm) 282 (262–318) 312 (255–341) 294 (280–325) 312 (290–318)
EFS % 51.6 (46.6–55.8) 50.0 (46.2–51.5) 46.6 (38.9–54.8) 43.6 (38.3–47.4)†

MFS % 29.5 (27.6–32.4) 29.7 (28.4–31.7) 28.6 (21.1–32.7) 24.5 (21.6–26.6)†

EF 0.89 (0.85–0.91) 0.87 (0.84–0.89) 0.85 (0.77–0.91) 0.82 (0.76–0.85)†

PWSV (mm/s) 41.1 ± 5.27 41.4 ± 7.10 31.0 ± 7.14∗ 29.1 ± 6.66†

Tei index 0.44 ± 0.08 0.43 ± 0.07 0.41 ± 0.08 0.42 ± 0.11
TDI S (average, mm/s) 3.76 ± 0.72 3.58 ± 0.35 2.96 ± 0.69∗ 2.94 ± 0.49†

C-Sed: sedentary control group; C-Ex: exercised control group; AS-Sed: sedentary aortic stenosis group; AS-Ex: exercised aortic stenosis group; HR: heart
rate; EFS: endocardial fractional shortening; MFS: midwall fractional shortening; EF: ejection fraction; PWSV: posterior wall shortening velocity; Tei index:
myocardial performance index; TDI S: tissue Doppler imaging of systolic velocity of the mitral annulus. ANOVA and Tukey or Mann-Whitney; ∗𝑝 < 0.05
versus C-Sed; †𝑝 < 0.05 versus C-Ex.

Table 6: Echocardiographic evaluation of left ventricle diastolic function.

C-Sed (𝑛 = 22) C-Ex (𝑛 = 19) AS-Sed (𝑛 = 18) AS-Ex (𝑛 = 18)
Mitral E (cm/s) 79.5 (73.0–84.0) 81.5 (76.0–89.0) 142 (89.0–165)∗ 145 (85.0–159)†

Mitral A (cm/s) 59.5 (51.0–67.0) 60.0 (51.0–76.0) 24.0 (22.0–47.5)∗ 22.5 (16.0–59.0)†

E/A 1.40 (1.22–1.53) 1.34 (1.17–1.60) 5.85 (1.73–7.15)∗ 7.50 (1.47–9.16)†

IVRT (ms) 24.0 (22.0–26.0) 22.0 (21.2–26.0) 18.0 (15.0–22.0)∗ 16.0 (15.0–22.0)†

IVRTn 53.0 ± 7.25 51.2 ± 8.37 42.6 ± 11.4∗ 39.0 ± 10.2†

EDT (ms) 45.0 (41.0–52.0) 47.0 (41.0–53.0) 28.0 (23.0–35.0)∗ 29.0 (24.5–33.0)†

TDI E (average mm/s) 4.37 (3.95–4.95) 4.50 (4.35–4.92) 4.25 (3.04–4.90) 4.17 (3.50–5.25)
TDI A (average mm/s) 4.50 ± 1.37 4.37 ± 1.21 3.79 ± 1.47 4.12 ± 1.07
E/TDI E (average) 17.9 (15.8–20.0) 18.4 (15.7–20.2) 33.0 (25.7–41.3)∗ 32.1 (24.8–40.6)†

C-Sed: sedentary control group; C-Ex: exercised control group; AS-Sed: sedentary aortic stenosis group; AS-Ex: exercised aortic stenosis group. E/A: ratio
between early- (E-) to-late (A) diastolic mitral inflow; IVRT: isovolumetric relaxation time; IVRTn: IVRT normalized to heart rate; EDT: E wave deceleration
time; TDI E and A: tissue Doppler imaging (TDI) of early (E) and late (A) diastolic velocity of mitral annulus. ANOVA and Tukey or Mann-Whitney;
∗

𝑝 < 0.05 versus C-Sed; †𝑝 < 0.05 versus C-Ex.

posterior wall shortening velocity, TDI systolic velocity of
the mitral annulus, mitral A wave, isovolumetric relaxation
time, and E wave deceleration time and increased mitral E
wave, E/A ratio, and Ewave/TDI early averagemitral annulus
diastolic velocity compared to respective controls. AS-Ex
presented reduced endocardial and mesocardial fractional
shortening and ejection fraction compared to C-Ex. We
observed no differences between AS-Ex and AS-C groups
(Tables 5 and 6).

3.4. Morphometric Analysis. Soleus muscle trophicity was
evaluated on hematoxylin and eosin stained sections. Fiber
cross-sectional area did not statistically differ between groups
(C-Sed 3980 ± 231; C-Ex 4113 ± 253; AS-Sed 3541 ± 200, AS-
Ex 3941 ± 253𝜇m2; 𝑝 > 0.05).

3.5. Oxidative Stress Evaluation. Weused lipid hydroperoxide
concentration as an oxidative stress biomarker in soleus
muscle. The concentration was higher in AS-Sed than C-Sed
and AS-Ex (C-Sed 136 ± 36.0; C-Ex 141 ± 31.2; AS-Sed 197 ±
37.8; AS-Ex 143 ± 35.0 nmol/g tissue; Figure 1(a)).

Glutathione peroxidase activity was lower in C-Ex and
AS-Sed than C-Sed and higher in AS-Ex than AS-Sed (C-Sed
85.6 ± 12.3; C-Ex 70.2 ± 14.8; AS-Sed 45.2 ± 9.73; AS-Ex 74.7
± 10.6 nmol/mg protein, 𝑝 < 0.001; Figure 1(b)). Superoxide

dismutase activity was higher in AS-Sed than C-Sed and AS-
Ex (C-Sed 8.52 ± 1.95; C-Ex 8.09 ± 0.94; AS-Sed 12.7 ± 1.55,
AS-Ex 8.60 ± 0.93 nmol/mg protein, 𝑝 < 0.001; Figure 1(c)).
Catalase activity did not differ between groups (C-Sed 34.9
± 9.20; C-Ex 41.8 ± 10.2; AS-Sed 52.9 ± 10.9; AS-Ex 43.6 ±
15.2 𝜇mol/g tissue; Figure 1(d)).

NADPH oxidase complex subunit p22phox gene expres-
sion was higher in AS-Ex than C-Ex. Subunits p47phox,
NOX2, and NOX4 gene expression did not differ between
groups (Table 7). NADPH oxidase activity did not differ
between groups (Figure 2(a)).

Total reactive oxygen species generation was evaluated
in soleus muscle by quantification EOH and ethidium, two
fluorescent compounds derived from DHE oxidation. The
EOH/DHE ratio was lower in AS-Ex than C-Ex and did not
differ between AS-Ex and AS-Sed (Figure 2(b)). The ethid-
ium/DHE ratio did not differ between groups (Figure 2(c)).

3.6. Western Blotting. MAPK protein expression is shown
in Figure 3. Phosphorylated ERK was higher in AS-Ex than
AS-Sed. Total JNK was lower in AS-Ex than C-Ex and AS-
Sed. Protein expression of p38 did not differ between groups.
Expression of total (p65 NF-𝜅B: C-Sed 1.00 ± 0.42, C-Ex
1.05 ± 0.34, AS-Sed 1.00 ± 0.65, and AS-Ex 0.83 ± 0.40)
and phosphorylated [p-p65 NF-𝜅B: C-Sed 0.96 (0.87–1.06),
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Figure 1: Lipid hydroperoxide concentration (a) and antioxidant enzymes activity in soleus muscle ((b) to (d)). C-Sed: sedentary control
group; C-Ex: exercised control group; AS-Sed: sedentary aortic stenosis group; AS-Ex: exercised aortic stenosis group; 𝑛: number of animals.
Data are mean ± SD (𝑛 = 8); ANOVA and Tukey; ∗𝑝 < 0.05 versus C-Sed; ‡𝑝 < 0.05 versus AS-Sed.

Table 7: Gene expression of NADPH oxidase subunits.

C-Sed (𝑛 = 8) C-Ex (𝑛 = 8) AS-Sed (𝑛 = 8) AS-Ex (𝑛 = 8)
p22phox 1.00 ± 0.40 0.44 ± 0.15 1.10 ± 0.66 1.17 ± 0.70†

p47phox 1.00 ± 0.53 1.52 ± 0.49 0.84 ± 0.48 1.21 ± 0.65
NOX2 1.00 (0.37–1.39) 0.33 (0.26–0.75) 0.82 (0.53–2.16) 0.63 (0.42–1.07)
NOX4 1.00 ± 0.52 0.70 ± 0.46 0.79 ± 0.22 0.98 ± 0.32
C-Sed: sedentary control group; C-Ex: exercised control group; AS-Sed: sedentary aortic stenosis group; AS-Ex: exercised aortic stenosis group. ANOVA and
Tukey or Mann-Whitney; †𝑝 < 0.05 versus C-Ex.

C-Ex 0.99 (0.67–1.16), AS-Sed 0.71 (0.49–1.44), and AS-Ex
1.08 (0.76–1.17)] NF-𝜅B subunit, and total I𝜅B [C-Sed 0.97
(0.83–1.14), C-Ex 0.79 (0.68–0.87), AS-Sed 1.32 (1.13–1.84),
and AS-Ex 1.53 (0.90–2.08)] did not differ between groups.
Phosphorylated I𝜅B was lower in C-Ex and AS-Sed than in
C-Sed (C-Sed 1.00± 0.21, C-Ex 0.71± 0.17, AS-Sed 0.54± 0.24,
and AS-Ex 0.67 ± 0.39).

4. Discussion

In this study, we showed that physical exercise improves
functional capacity in rats with aortic stenosis-induced heart

failure regardless of changes in cardiac structures or left
ventricular function. Additionally, we performed the first
assessment of the influence of physical exercise on oxidative
stress andMAPK andNF-𝜅B pathways in soleusmuscle from
aortic stenosis rats.

Aortic stenosis in young rats leads to early left ven-
tricular hypertrophy, gradual ventricular dysfunction, and
heart failure, similarly to human chronic pressure overload.
After developing hypertrophy, rats remain compensated for
approximately 20 to 28 weeks [19]. They then begin to
present clinical and pathological heart failure features such
as tachypnea, ascites, pleural effusion, atrial thrombus, lung
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Figure 2: Soleus muscle NADPH oxidase activity analyzed by reduction of lucigenin (a), total reactive species generation by quantifying
two dihydroethidium (DHE) oxidation-derived fluorescent compounds, 2-hydroxyethidium and ethidium, using HPLC ((b) and (c)). C-Sed:
sedentary control group; C-Ex: exercised control group; AS-Sed: sedentary aortic stenosis group; AS-Ex: exercised aortic stenosis group; 𝑛:
number of animals. Data are mean ± SD (𝑛 = 8); ANOVA and Tukey; †𝑝 < 0.05 versus C-Ex.

congestion, and right ventricular hypertrophy. Left untreated,
rats evolve to death within two to four weeks [34]. We
therefore initiated the exercise protocol 18 weeks after aortic
stenosis induction when no rat had tachypnea.

We used an exercise protocol adapted from studies with
rats subjected to different models of cardiac injury such as
myocardial infarction [35], arterial hypertension [14, 36],
diabetes mellitus [25], and aortic stenosis [19]. All these con-
ditions are characterized by a moderate-to-severe reduction
in physical exercise tolerance. In spontaneously hypertensive
rats [37, 38], voluntary wheel running, which is characterized
by short periods of high intensity activity, has been associ-
ated with impaired cardiac remodeling [38]. Furthermore,
untreated spontaneously hypertensive rats experienced sud-
den death at a running speed of 17.5m/min [39].We therefore
used a low intensity aerobic exercise protocol, subjecting our
rats to physical exercise at a maximum speed 10m/min, a
tolerable intensity for all rats.

Despite the low intensity of the aerobic exercise, it was
effective in improving functional capacity of both control and
aortic stenosis groups. At the end of the experiment, time on

the treadmill and distance run were significantly higher in
exercised than sedentary rats.

Body weight did not differ between groups. Decrease in
body weight, known as cardiac cachexia, is often observed in
advanced stages of heart failure in humans and is associated
with poor prognosis, independently of important variables
such as age, ejection fraction, exercise capacity, or functional
class [40]. In this study, body weight preservation suggests
that rats surviving to the end of the study were not in severe
heart failure.

We performed transthoracic echocardiogram and tissue
Doppler imaging before the exercise protocol to evaluate
the degree of cardiac injury induced by aortic stenosis and
assure homogeneity between groups. Both aortic stenosis
groups presented concentric ventricular hypertrophy with
mild systolic dysfunction and diastolic dysfunction. Car-
diac remodeling with concentric hypertrophy and mild left
ventricular dysfunction is usually observed in compensated
chronic pressure overload [41].

After exercise, the aortic stenosis groups maintained the
pattern of concentric left ventricular hypertrophy with slight
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Figure 3: Protein levels of mitogen-activated protein kinases analyzed byWestern blotting. Protein levels were normalized to GAPDH levels.
C-Sed: sedentary control group; C-Ex: exercised control group; AS-Sed: sedentary aortic stenosis group; AS-Ex: exercised aortic stenosis
group; 𝑛: number of animals. Data are mean ± SD (𝑛 = 7); ANOVA and Tukey; †𝑝 < 0.05 versus C-Ex; ‡𝑝 < 0.05 versus AS-Sed.

ventricular dilatation and mild systolic dysfunction. Dias-
tolic dysfunction was characterized by increased E/A ratio,
which establishes the restrictive advanced pattern of diastolic
dysfunction. We did not detect any significant differences
between EA-Ex and AS-Sed groups. We therefore conclude
that a light exercise protocol improves functional capacity
without changing structural or functional heart parameters
in aortic stenosis rats.The effects of exercise on the heart with
aortic stenosis are not completely understood.Micewithmild
or severe aortic stenosis subjected to voluntary rotatingwheel
exercise for eight weeks presented unchanged ventricular

function with a trend towards aggravated LV dysfunction in
severe aortic stenosis [18]. On the other hand, continuous
treadmill aerobic exercise attenuated systolic dysfunction in
aortic stenosis rats [19].

As cardiac function did not differ betweenAS-Ex andAS-
Sed, the better physical capacity of exercised ratswas probably
related to functional improvement in skeletal muscles prop-
erties.

Skeletalmuscles are composed of tissue which can change
their metabolic, morphological, and functional characteris-
tics after training or injury [42]. We evaluated the soleus,
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a muscle with predominantly slow twitch fibers and oxidative
metabolism. Previous studies have shown that this muscle
is sensitive to alterations induced by acute or chronic heart
failure [6–8]. Furthermore, skeletal muscles preferentially
composed of oxidative fibers are more sensitive to the effects
of aerobic exercise than muscles preferably composed of
glycolytic fibers [43].

Wefirst evaluated redox status. Although themechanisms
involved inmuscle alterations are not completely understood,
it is well established that increased oxidative stress plays a role
in muscle abnormalities [7, 44].

Lipid hydroperoxide concentration was greater in AS-
Sed than C-Sed and AS-Ex, showing that muscle oxidative
stress is increased during heart failure and normalized by
exercise. Cellular response to oxidative stress depends on
the intensity of the reactive oxygen species generation.
At low concentrations, reactive oxygen species stimulates
antioxidant enzymes and receptors; at high concentrations,
however, they inhibit enzymatic activity leading to cellular
damage [45]. In the AS-Sed group, increased oxidative
stress was combined with increased superoxide dismutase
activity and reduced glutathione peroxidase activity. Exercise
prevented changes in antioxidant enzymes in the AS-Ex
group. Reduction of antioxidant enzyme activity has been
described in skeletal muscle during heart failure [7, 35, 44].
In addition, clinical and experimental studies have shown
that exercise induces antioxidant properties in skeletalmuscle
during heart failure [35, 46]. Our results therefore show that
aerobic exercise prevented increases in oxidative stress and
changes in antioxidant enzymes.

The NADPH oxidase complex is an important source of
reactive oxygen species. To determine whether this complex
is involved in increased oxidative stress and its modulation
by exercise, we evaluated NADPH oxidase activity and
gene subunit expression. We analyzed gene expression of
transmembrane subunits NOX2, NOX4, and p22phox and the
cytosolic subunit p47phox. NADPH oxidase activity and its
subunits expression did not differ between groups, except
for higher p22phox subunit expression in AS-Ex than C-
Ex. Despite this increased p22phox gene expression, AS-Ex
groupNADPHoxidase activity was unchanged.We evaluated
NADPH oxidase activity by measuring the light emitted by
a reaction between reduced lucigenin and superoxide anion,
which is a product of NADPH oxidase [31, 32]. The role
of NADPH oxidase in muscle oxidative stress during heart
failure is still unclear. In infarcted rats [21] and mice [47],
increased NADPH oxidase activity was observed in the plan-
taris and hindlimbmuscles. On the other hand, by evaluating
NADPH oxidase activity using dihydroethidium, a molecule
oxidized by superoxide anion, we found unchanged activity
in soleus from rats with myocardial infarction-induced heart
failure [7]. Different animal species, experimental model, or
muscle evaluated may be responsible for divergent results.

Total reactive oxygen species generation was assessed
by quantifying two fluorescent compounds derived from
dihydroethidium oxidation: 2-hydroxyethidium and ethid-
ium. Hydroxyethidium detection by HPLC fluorescence was
proposed to more precisely measure superoxide production

in blood vessels and was later adapted for use in striated
muscle [31, 32]. Total reactive oxygen species generation
did not change between groups, except for a lower hydrox-
yethidium/dihydroethidium ratio in AS-Ex than C-Ex. This
result is in accordance with the lower lipid hydroperoxide
concentration in the AS-Ex group.

Intracellular reactive oxygen species signaling pathways
are not completely understood. Studies suggest that MAPK
and the NF-𝜅B pathway are involved in muscle response to
oxidative stress [21, 48]. MAPKs consist of four members:
extracellular signal-regulated kinase (ERK) 1/2, p38, c-Jun
NH2-terminal kinase (JNK), and ERK 5 [49]. Expression of
theMAPKproteins did not differ betweenAS-Sed andC-Sed.
Despite ERK expression being approximately 46% lower in
AS-Sed than C-Sed, this difference did not reach statistical
significance. Exercise reduced total JNK expression in AS-Ex
compared to C-Ex andAS-Sed and increased phosphorylated
ERK in AS-Ex compared to AS-Sed. While activation of JNK
and p38 is associated with cell response to stress and muscle
loss, activation of ERK is related to anabolic processes such
as cell division, growth, and differentiation [49].Therefore, in
this study exercise modulated total JNK and phosphorylated
ERK towards preserving protein synthesis and muscle mass.
We have previously observed MAPK changes in diaphragm
and soleus muscle in infarcted rats with heart failure [7,
50]. Except for reduced I𝜅B expression in C-Ex and AS-
Sed compared to C-Sed, NF-𝜅B pathway protein expression
remained unchanged in this experimental model.

5. Conclusion

Exercise improves the functional capacity of rats with aortic
stenosis-induced heart failure regardless of changes in cardiac
structures or left ventricular function. In soleus muscle, exer-
cise reduces oxidative stress, preserves antioxidant enzyme
activity, and modulates JNK and p-ERK expression with no
changes in NADPH oxidase activity, NADPH oxidase sub-
units gene expression, or NF-𝜅B pathway protein expression.
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Carnosine’s (CARN) anti-inflammatory potential in autoimmune diseases has been but scarcely investigated as yet. The aim of this
study was to evaluate the therapeutic potential of CARN in rat adjuvant arthritis, in the model of carrageenan induced hind paw
edema (CARA), and also in primary culture of chondrocytes under H

2
O
2
injury. The experiments were done on healthy animals,

arthritic animals, and arthritic animals with oral administration of CARN in a daily dose of 150mg/kg b.w. during 28 days as
well as animals with CARA treated by a single administration of CARN in the same dose. CARN beneficially affected hind paw
volume and changes in body weight on day 14 and reduced hind paw swelling in CARA. Markers of oxidative stress in plasma
and brain (malondialdehyde, 4-hydroxynonenal, protein carbonyls, and lag time of lipid peroxidation) and also activity of gamma-
glutamyltransferase were significantly corrected by CARN. CARN also reduced IL-1alpha in plasma. Suppression of intracellular
oxidant levels was also observed in chondrocytes pretreated with CARN. Our results obtained on two animal models showed that
CARNhas systemic anti-inflammatory activity and protected rat brain and chondrocytes fromoxidative stress.This finding suggests
that CARN might be beneficial for treatment of arthritic diseases.

We dedicate this paper to the memory of Professor Alexander A. Boldyrev with respect and gratitude.

1. Introduction

Carnosine (CARN) is dipeptide consisting of 𝛽-alanine and
L-histidine. It was shown to be a specific constituent of
excitable tissues of all vertebrates accumulating in amounts
exceeding that of ATP [1]. The antioxidant capacity of this
compound is well documented, as well as its pH buffering,
osmoregulating, and metal-chelating abilities [2]. However,
a more recent study showed unexpectedly lower binding
constant values of carnosine and therefore a relatively minor
role of the transition metal ion chelation in its antioxidant
abilities [3]. We previously showed inhibitory properties
of CARN against degradation of hyaluronan solutions at

experimental conditions in vitro. In the reaction system
with the prevalence of hydroxyl and/or peroxy-type radicals,
CARN in 200𝜇mol/L concentration tested exerted a pro-
tective action on hyaluronan degradation [4]. CARN, when
compared with ascorbate, was more effective in inhibition
of lipid peroxidation in meat [5]. At physiological concen-
trations, CARN was found to directly react with superoxide
anion comparably to superoxide dismutase and the constant
for interaction of carnosine with O

2

∙− was calculated to
be 105M−1⋅s−1 and not significantly different in respect to
that of ascorbic acid and 𝛼-tocopherol [6]. Also, a sparing
or regenerating effect of carnosine towards endogenous
antioxidants was demonstrated in the liver of rats treatedwith
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carnosine or L-histidine. Both compounds increased the liver
content of glutathione and 𝛼-tocopherol [7]. CARN seems
to be similarly effective endogenous antioxidant as ascor-
bate and 𝛼-tocopherol. A potentially useful characteristic of
CARN is its ability to act as an antiglycating agent [8–10],
to quench superoxide anion and hydroxide radical [11–13],
and to neutralize 4-hydroxy-nonenal (HNE) and other toxic
aldehydes [14–16]. CARNmay be pluripotent with respect to
its ability to suppress proteotoxic stress and aging-associated
phenomena [17]. CARN may suppress glycolysis, similar to
the effects of rapamycin, by inhibiting TOR activity which
reduces glycolytic flux, thereby decreasing the potential for
methylglyoxal generation [18]. It is possible that carnosine
can promote catabolism of altered proteins. Preliminary
evidence was obtained suggesting that carnosine stimulates
catabolism of slowly turning over proteins in aged human
fibroblasts following growth for many generations with the
dipeptide [19]. Oxygen metabolism has an important role
in the pathogenesis of rheumatoid arthritis (RA). Reactive
oxygen species (ROS) produced in the excessive amounts
under some pathological states exceed the physiological
ROS buffering capacity and result in oxidative stress (OS).
Excessive production of ROS can damage proteins, lipids,
nucleic acids, and matrix components [20, 21]. OS and
decreased antioxidant status are present in patients with RA,
as observed in recent years [22].

The aim of this study was to evaluate whether adminis-
tration of CARN in carrageenan induced hind paw edema
(model of local acute inflammatory reaction) and in adjuvant
arthritis (subchronic model of rodent polyarthritis) would
ameliorate inflammation, OS, and disease progression. Fur-
thermore, in order to elucidate a potential contribution of
antioxidant mechanism to these effects at cellular level, in
vitro evaluation of the efficacy ofCARN to reduceOSmarkers
of rat primary chondrocytes exposed to hydrogen peroxide
was performed, along with the assessment of their viability
protection.

2. Methods

2.1. Animals, Experimental Design, and Treatments. Male
Lewis rats, weighing 160–180 g, were obtained from the
Breeding Farm Dobra Voda (Slovakia). The rats had free
access to standard pellet diet and tap water. The animal
facilities comply with the European Convention for the
Protection of Vertebrate Animals Used for Experimental and
Other Purposes. The experimental protocol was approved
by the Ethics Committee of the Institute of Experimen-
tal Pharmacology and Toxicology and by the Slovak State
Veterinary Committee of Animal Experimentation. AA was
induced by a single intradermal injection of heat-inactivated
Mycobacterium butyricum (MB) in incomplete Freund’s adju-
vant (Difco Laboratories, Detroit, MI, USA). The injection
was performed near the tail base. The experiments included
healthy animals (CO), arthritic animals (AA) not treated, and
arthritic animals given 150mg/kg b.w. of CARN daily for 28
days using gastric gavages (AA-CARN). In the acutemodel of

inflammation, hind paw edema was induced by intraplantar
injection of 0.1mL of 1% water solution of carrageenan type
IV (CARA) into the right hind paw of Lewis rats. The
experiment included animals with carrageenan induced hind
paw edema without any drug administration (CARA) and
animals with carrageenan induced hind paw edema given
carnosine (CARA-CARN). CARNwas given one hour before
induction of CARA in a single oral dose of 150mg/kg b.w.

2.2. Blood and Tissue Collection. After the animals had been
sacrificed under deep ketamine/xylazine anesthesia, blood
for plasma preparation and tissues for brain, spleen, and hind
paw joint homogenate preparation were taken on day 28.
Heparinized plasma and tissue were stored at −70∘C until
biochemical and immunological analysis.

2.3. Clinical Parameters: Hind Paw Volume and Body Mass.
Hind paw volume (HPV) increase was calculated as the
percentage increase in HPV on a given experimental day
relative to the HPV at the beginning of the experiment.
HPV was recorded on days 1, 14, and 28 with the use of an
electronic water plethysmometer (UGO BASILE). Change of
body mass—CBM (g)—was measured on days 1, 14, and 28.
Wemonitored the HPV in the CARAmodel at minutes 0, 30,
60, 90, 120, and 240, using the same water plethysmometer.

2.4. Tissue Activity of Cellular 𝛾-Glutamyltransferase in Joint
and Spleen Tissue. Theactivity of cellular 𝛾-glutamyltransfer-
ase (GGT) in hind paw joint and spleen tissue homogenates
was measured by the method of Orlowski andMeister [23] as
modified by Ondrejickova et al. [24]. Samples were homog-
enized in a buffer (2.6mM NaH

2
PO
4
, 50mM Na

2
HPO
4
,

15mM EDTA, and 68 mM NaCl; pH 8.1) at 1 : 9 (w/v) by
UltraTurax TP 18/10 (Janke & Kunkel, Germany) for 1min
at 0∘C. Substrates (8.7mM 𝛾-glutamyl-p-nitroanilide, 44mM
methionine) were added to 65% isopropylalcohol to final
concentrations of 2.5mM and 12.6mM, respectively. After
incubation for 60min at 37∘C, the reaction was stopped
with 2.3mL cold methanol and the tubes were centrifuged
for 20min at 5000 rpm. Absorbance of supernatant was
measured in a Specord 40 spectrophotometer in a 0.5 cm
cuvette at 406 nm. Reaction mixtures in the absence of either
substrate or acceptor were used as reference samples.

2.5. Malondialdehyde and 4-Hydroxynonenal in Plasma and
Brain Homogenates

(1) Malondialdehyde. ELISA (Enzyme Linked Immunosor-
bent Assay) Kit (Cusabio catalogue number CSB-E08557h)
for the quantitative determination of endogenic MDA con-
centrations in plasma and tissue homogenates was used.
Procedure was done according to manufacturer instructions.

(2) 4-Hydroxynonenal. ELISAKit (Cusabio catalogue number
CSB-E16214h) for the quantitative determination of endo-
genic 4-hydroxynonenal (HNE) concentrations in plasma
and tissue homogenates was used. Procedure was done
according to manufacturer instructions.



Oxidative Medicine and Cellular Longevity 3

2.6. Lag Time of Fe2+-Induced Chemiluminescence of Plasma
and Brain Homogenate. Lag time of Fe2+-induced chemilu-
minescence (LTC) of plasma was analyzed using the signal
derived from addition of ferrous ions to plasma. After
addition of 100𝜇L of 25mM FeSO

4
to the plasma sample,

the lag period between initial fast flash and the following
slow rising chemiluminescence signal reflecting the rate of
lipid oxidation was measured. The lag time is referring to
the stability of the sample to the Fe2+-induced oxidation (the
longer the lag period, the more stable the resistance of the
biological material to oxidation) being dependent on intrin-
sic antioxidant capacity of plasma and brain homogenate.
Chemiluminescence signal was monitored using LKB 1251
Chemiluminometer [25].

2.7. Protein Carbonyls in Plasma and Brain Homogenate

2.7.1. Blood Plasma. ELISA was used for quantitative deter-
mination of protein carbonyls in plasma [26]. Protein sam-
ples were derivatized with dinitrophenylhydrazine (DNPH)
and adsorbed in multiwell plates (NuncImmunosorp plates,
Roskilde, Denmark). A biotin-conjugated anti-dinitrophenyl
rabbit IgG (Sigma, USA) was used as the primary antibody
and a peroxidase conjugated monoclonal anti-rabbit-IgG
antibody (Sigma, USA) as the secondary antibody. The
development was performed with orthophenylenediamine.

2.7.2. Brain Tissue Homogenates. The amount of 250𝜇L of
10% homogenate was added into three 2mL test tubes for
tissue blank and two parallel measurements of the sample.
A 20% solution of trichloroacetic acid was added to each
tube.The solutions were centrifuged for 10min at 14 500 rpm.
200𝜇L of 0.2M NaOH was added into each tube. After
complete dissolution of pellets, a volumeof 200𝜇Lof 2MHCl
was added into each tube. 200𝜇L of 10mM dinitrophenyl-
hydrazine solution was added only to sample tubes and
incubated for 30min. The samples were centrifuged for
10min at 14 500 rpm. After centrifugation, the samples were
washed four times with 700𝜇L of a cooled solution of 98%
ethanol : ethyl acetate (1 : 1). To each tube, 250 𝜇L of 6M
guanidine solution was added. Pellets were left to dissolve
in guanidine overnight at 4∘C. The concentration of proteins
in each tube was measured at 280 nm and protein carbonyls
were determined at 369 nm.

2.8. Glutathione Reductase in Brain Homogenate. The hemi-
sphere of brain was homogenized (5%w/v) in 0.1M sodium
phosphate buffer (pH 7.0) and following centrifugation
(14 000 rpm for 30min) the supernatant was used for glu-
tathione reductase (GR) analysis. GR activity was determined
using a modification of the method described by Barker et
al. [27].The reactionmixture contained 200𝜇L 0.1M sodium
phosphate buffer (pH 7.0), 30 𝜇L 0.1mMNADPH, and 60 𝜇L
of 5% homogenate.The reaction was initiated by the addition
of 10 𝜇L GSSG (110mg/1mL). The oxidation of NADPH was
followed at 340 nm.Themolar extinction coefficient of 6.27 ×
103M/cm was used to determine GR activity, and one unit of

activitywas defined as the number of𝜇MofNADPHoxidized
min−1⋅mg−1 proteins.

2.9. Proinflammatory Cytokine IL-1𝛼 in Plasma. For deter-
mination of IL-1𝛼 concentration in plasma, ELISA Kit from
R&D Systems Quantikine for IL-1 was used. Assay procedure
was performed as described in the product manual. The
results were calculated from standard calibration curve on
internal standards.

2.10. Primary Chondrocytes. Primary chondrocytes were iso-
lated from the normal articular cartilage ofWistar rats by col-
lagenase II (0.1%) and trypsin (0.25%) digest and cultured in
DMEM/Ham’s F-12 supplemented with 1mmol/L glutamine,
100U/mL penicillin, 100 𝜇g/mL streptomycin, and 10% fetal
bovine serum in CO

2
incubator at 37∘C in a humidified

atmosphere containing 5% CO
2
. The culture medium was

refreshed every 48 h. When cells reached the confluence,
they were detached by 0.05% trypsin and subcultured up to
the third passage. Chondrocytes from the 2nd and the 3rd
passages were used for the experiments.

2.11. MTT (3-(4,5-Dimethylthiazol-2-yl)-2,5-diphenyltetra-
zolium Bromide) Assay. Rat primary chondrocytes were
grown on 96-well microplates until confluency in 200𝜇L
DMEM/Ham’s F-12. The MTT colorimetric assay was
performed as previously described [28]. Briefly, the cells
were preincubated for 24 hours with or without different
concentrations of CARN followed by the incubation with
H
2
O
2
in DMEM/Ham’s F-12 for 60min at 37∘C. MTT was

added to the final concentration of 0.5mg/mL. For the
compound cytotoxicity assays, MTT was added to the wells
directly following the 24-hour incubation with the substance
tested. After 4 hrs, 100 𝜇L of 10% sodium dodecyl sulfate in
HCl (0.01mol/L) was added and the cells were thoroughly
resuspended. The absorbance was spectrophotometrically
recorded at 570 nm on Tecan Infinite 200 instrument.

2.12. Cell Viability Evaluation. Rat primary chondrocytes
were grown on 96-well microplates until confluency in
200𝜇L DMEM/Ham’s F-12. The MTT colorimetric assay was
performed as described above. The assessment of viability
of primary chondrocytes was completed by fluorescence
microscopy technique.The cells were grown in 96-well plates.
Following incubation with H

2
O
2
, a medium was replaced by

fresh medium for 5 hrs. Ethidium bromide (EB) and acridine
orange dye mix (3 𝜇L) was added to each well and cells were
viewed under the XDS-2 inverted fluorescence microscope
[29]. Each image was collected with excitation at 488 nm.
Calculations were doneminimum in quadruplicate, counting
a minimum of 100 total cells each.

2.13. Production of Intracellular Oxidants. Cellular oxidant
production was determined by using dichlorodihydrofluo-
rescein-diacetate (DCFH-DA) with a modified method as
described by Giardina and Sait Inan [30]. The cells were
grown in 96-well plates until confluency and then prein-
cubated for 24 hours with CARN. Chondrocytes were then
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preincubated with solution of DCFH-DA (15 𝜇mol/L) for
30min in Krebs-Ringer buffer (KRB; 10mmol/L HEPES,
2 g/L BSA (bovine serum albumin), and pH 7.4). After the
probe loading, the cells were washedwith KRB and incubated
with H

2
O
2
. The fluorescence of the generated dichlorofluo-

rescein was measured on Tecan Infinite 200 instrument at an
excitation wavelength of 485 nm and an emission wavelength
of 528 nm.

2.14. Statistical Analysis

2.14.1. Cell Cultures and Relevant Assays. Each experiment
was performed at least three times. Results are expressed
as median. For cell culture experiments, Levene’s test of
equality of variances between compared groups was applied.
Since the groups showed equal variances, the means were
compared using unpaired Student’s 𝑡-test. The untreated cells
were compared with H

2
O
2
exposed cells without addition of

CARN (∗), CARN treated cells were compared with H
2
O
2

exposed cells (+), and statistical significance was expressed
as extremely significant (𝑝 < 0.001), highly significant (𝑝 <
0.01), significant (𝑝 < 0.05), and not significant (𝑝 > 0.05).

2.14.2. Measurements from In Vivo Experiments. Mean and
S.E.M. values were calculated for each parameter in each
group (8–10 animals in each experimental group). Data in
figures are expressed asmean± S.E.M.The untreated arthritis
groupwas comparedwith healthy control animals (∗); treated
arthritis groups were compared with untreated arthritic
animals (+). Statistically significant differences among treated
group, untreated group, and control groups were tested using
parametric Analysis of Variance (ANOVA). Alternatively,
nonparametric Kruskal-Wallis test (K-W) in case of non-
normal distributed data was used. Post hoc tests (Tukey-
Kramer (ANOVA), Dwass-Steel-Critchlow-Fligner (K-W))
were applied in situation where differences among groups
were significant at level of significance 𝛼 = 0.05. After
post hoc testing, the following significance designations were
specified as follows: extremely significant (𝑝 < 0.001), highly
significant (𝑝 < 0.01), significant (𝑝 < 0.05), and not
significant (𝑝 > 0.05).

3. Results

3.1. Adjuvant Arthritis and Carrageenan Induced Hind
Paw Edema. CARN beneficially affected clinical parameters
(change of body mass and hind paw volume) in the model
of AA measured on days 14 and 28 (Figures 1 and 2) and
hind paw volume significantly at day 14 (Figure 2). CARN
also reduced hind paw volume in the model of CARA
during the whole experiment: 30min–240min (Figure 3),
most effectively at 240min. Reduction of hind paw volume
by CARN treatment in AA on day 14 was 42% and in CARA
model 34% at 240min, when compared to untreated arthritic
animals. Activity of GGT in joint and spleen homogenates
from arthritic animals was reduced by CARN administration
(Figures 4(a) and 4(b)) significantly in spleen tissue—35%
(Figure 4(b)). CARN decreased lipid peroxidation in plasma
assessed asMDAandHNE (Figures 5(a) and 5(b)).Moreover,
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Figure 1: Changes in body mass of animals in adjuvant arthritis.
The data are expressed as arithmetic mean with S.E.M. Each group
contained 8–10 animals. ∗∗∗𝑝 < 0.001 and ∗∗𝑝 < 0.01 with
respect to control healthy animals.The experiment included healthy
intact animals as reference controls (CO), arthritic animals without
any drug administration (AA), and arthritic animals with the
administration of carnosine (AA-CARN).

Day 14 Day 28

+

0
10
20
30
40
50
60
70
80
90

100
H

in
d 

pa
w

 v
ol

um
e (

%
)

CO
AA
AA-CARN

∗∗∗

∗∗

Figure 2: Changes in hind paw volume of animals in adjuvant
arthritis. The data are expressed as arithmetic mean with S.E.M.
Each group contained 8–10 animals. ∗∗∗𝑝 < 0.001 and ∗∗𝑝 < 0.01
with respect to control healthy animals; +𝑝 < 0.05 with respect to
untreated arthritic animals. Groups of animals are the same as in
Figure 1.

plasmatic proteins were protected against oxidation occur-
ring in AA development very effectively by CARN adminis-
tration (Figure 5(d)). Also total resistance of plasma against
Fe2+-induced oxidation was significantly increased by CARN
measured as lag time of chemiluminescence (Figure 5(c)).
AA increased the levels of inflammation marker IL-1𝛼 in
plasma (Figure 6). Our results point out to connection
between OS and immune response in AA, because the
decrease of OS markers (MDA, HNE, LTC, and protein
carbonyls) was simultaneously accompanied by reduction
of immunological marker IL-1𝛼 in plasma by CARN. This
result is showing that CARN can have also anti-inflammatory
activity (Figure 6). AA caused increased oxidative stress in
brain tissue measured byMDA, HNE, and protein carbonyls.
CARN completely prevented the damage done by oxidative
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Figure 4: Activity of GGT in joint (a) and spleen (b) tissue homogenates in the adjuvant arthritis. The data are expressed as arithmetic mean
with S.E.M. Each group contained 8–10 animals. ∗∗∗𝑝 < 0.001 with respect to control healthy animals; +𝑝 < 0.05 with respect to untreated
arthritic animals. Groups of animals are the same as in Figure 1.

stress to lipids and proteins (Figures 7(a), 7(b), and 7(c)).
Lowered antioxidant capacity of brain tissue wasmeasured as
decreased lag time of chemiluminescence and was corrected
by CARN administration (Figure 8(a)). Activity of GR in
brain tissue homogenates of arthritic animals was signifi-
cantly elevated and was decreased by CARN to control values
(Figure 8(b)).

3.2. Primary Cell Culture of Chondrocytes. Cytotoxicity of
hydrogen peroxide to primary chondrocytes showed a clear
concentration-dependent profile (Figure 9(a)). The MTT
viability was reduced to 43.6 ± 0.6% of control formazan
production upon treatment with maximum 5mM H

2
O
2

(Figure 9(a)). In addition, representative image (Figure 9(c))
shows the concomitant increase of EB-positive dead cells
(by 48.4 ± 4.6%) in primary chondrocytes exposed to H

2
O
2

(5mM) in comparison to untreated cells (0%, Figure 8(b)).
An apparent lack of mitotic cells was also observed in chon-
drocytes exposed to H

2
O
2
(yielding 0.9 ± 0.5%, Figure 9(c))

in contrast to a noticeable number of dividing cells in
untreated control (11.2 ± 1.8%, calculated as mother cells
and daughter pair cells with bright condensed nuclear

chromatin, Figure 8(b)). In spite of a remarkable decrease of
MTT reduction by chondrocytes treated with 1mM H

2
O
2

(55.7 ± 0.0%), only a negligible increase of EB-positive
cells was observed at this concentration (data not shown).
Pretreatment with CARN reduced considerably the intra-
cellular levels of oxidants in 5mM H

2
O
2
-stressed primary

chondrocytes (Figure 10(a)), which was accompanied with a
moderate but significant prevention of viability injury of the
cells (Figure 10(b)). For the concentration range tested, no
dose dependency was found.

4. Discussion

The reactive oxygen and nitrogen species can react with
lipids, proteins, and nucleic acids and are thought to be
of importance for the etiology of chronic inflammatory
rheumatic diseases [20]. One approach to counteract this
OS situation is the use of antioxidants as therapeutic agents.
CARN was found to have neuroprotective, hepatoprotective,
and antiaging abilities [31] as well as antiradical activity
[12, 13]. Nevertheless, its anti-inflammatory potential in
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Figure 5: Markers of oxidative stress measured in the plasma of rats with adjuvant arthritis. Level of MDA (a) and HNE (b), lag time of
Fe2+-induced chemiluminescence (c), and levels of protein carbonyls (d). The data are expressed as arithmetic mean with S.E.M. Each group
contained 8–10 animals. ∗∗∗𝑝 < 0.001 and ∗𝑝 < 0.05 with respect to control healthy animals; and +++𝑝 < 0.001 with respect to untreated
arthritic animals. Groups of animals are the same as in Figure 1.
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Figure 6: Level of IL-1𝛼 in plasma in the adjuvant arthritis. The data are expressed as arithmetic mean with S.E.M. Each group contained
8–10 animals. ∗𝑝 < 0.05 with respect to control healthy animals; +𝑝 < 0.05 with respect to untreated arthritic animals. Groups of animals are
the same as in Figure 1.

autoimmune systemic inflammatory diseases, as RA, has
been scarcely investigated as yet.

The GGT activity was elevated in peripheral joint and
spleen tissue. CARN effectively reduced the activity of GGT
in spleen homogenates and slightly in joint. In our previous
studies with coenzyme Q

10
[32] and glucomannan [33], the

reduction of activity of GGT in spleen was accompanied
also by beneficial improvement of clinical markers of AA
disease. Basaran-Küçükgergin et al. [34] showed the abil-
ity of CARN to decrease the GGT activity in serum of
diethylnitrosamine-induced OS and tissue injury in liver of

rats. RA was associated with significant depletion (ca. 50%)
in glutathione levels compared with normal control subjects.
Serum levels of the detoxifying enzymes GR and glutathione
peroxidase decreased by ca. 50% and 45%, respectively.These
results support a hypothesis that defense mechanisms against
reactive oxygen species are impaired in RA [35–37]. In our
experiment, we found increased activity of GR in brain tissue
of arthritic animals, which was decreased to basal values after
administration of CARN. This result is suggesting a higher
turnover of glutathione in brain during AA, probably due
to increased OS also in this tissue (see below the increased
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Figure 7: Level of protein carbonyls (a), MDA (b), and HNE (c) in brain tissue of rats with adjuvant arthritis. The data are expressed as
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animals; +𝑝 < 0.05, ++𝑝 < 0.01, and +++𝑝 < 0.001 with respect to untreated arthritic animals. Groups of animals are the same as in Figure 1.
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Figure 8: Lag time of chemiluminescence (a) and activity of glutathione reductase (b) in brain tissue of rats with adjuvant arthritis. The data
are expressed as arithmetic mean with S.E.M. Each group contained 8–10 animals. ∗𝑝 < 0.05, ∗∗𝑝 < 0.01 with respect to control healthy
animals; +𝑝 < 0.05, +++𝑝 < 0.001 with respect to untreated arthritic animals. Groups of animals are the same as in Figure 1.

protein carbonyl level, MDA, HNE, and LTC in brain tis-
sue). Unfortunately, there is a lack of studies about CARN
affecting GR; thus the mechanism how CARN decreases GR
activity remains unclear. CARN increased the LTC in plasma
samples, which refers to its ability to restore the systemic
antioxidant capacity of plasma. CARN has shown a good
protective activity against LTC as human plasma lipoproteins
in vitro and brain of experimental animals [38]. In the present
experiment, we report for the first time on the protective
effect of CARN on plasmatic LTC and on GR activity in
brain of rats with AA. In animal models of AA, the level of
MDA was elevated in the plasma [39, 40]. Administration
of CARN lowered the level of secondary products of lipid
peroxidation in plasma measured as MDA and HNE. There
is only little information about OS and brain damage in the

literature [41, 42]. For the first time, we evidenced increased
HNE and reduced lag time of chemiluminescence in rat brain
during AA. Although RA is not a typical CNS involvement
disease, brain dysfunctions occur in 20 to 30% of rheumatic
patients [43]. In the hippocampus of AA animals, upregula-
tion ofmRNA for IL-1𝛽, IL-6, andmarkers of oxidative stress-
inducible NO synthase andNADPH oxidase-1 were observed
within four days. The changes correlated with anxiety-like
behavior [42]. Elevated levels of protein carbonyls were found
in experimental animals [44]. In this paper, we report for
the first time a significant elevation of protein carbonyls in
brain of rats with AA. This novel finding emphasizes the
systemic role of OS in chronic inflammatory diseases such
as AA with oxidatively modified proteins not in directly
affected tissues only (cartilage, bone, and skeletal muscle).
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Other authors also found CARN to reduce protein carbonyls.
CARN decreased protein carbonyl levels in both liver and
brain tissues in several tissues of rats exposed to chronic
cold plus immobilization stress [45]. In our experiment,
CARN showed complex protective effects against OS induced
depletion of plasma antioxidants assessed by LTC, lipid
peroxidation measured as MDA and HNE, and protein
carbonylation.

The outcome of our in vitro experiments shed light par-
tially also on an alternative mechanism of antioxidant action
of CARN. Hydrogen peroxide, a highly reactive substance
involved in the pathogenesis of RA, caused a concentration-
dependent viability decrease of primary chondrocytes (prin-
cipal components of articular cartilage). Thus CARN may
provide also prevention of oxidative damage and tissue injury
in RA development. We did not find typical dose-dependent
effect for the concentration range tested, suggesting indirect
mechanism of protection by CARN against free radical dam-
age derived from H

2
O
2
likely linked to its referred hormetic

properties [46]. In agreement with works reporting on a
biphasic dose-response curve for the substances inducing
hormesis [47], we found the maximum suppression of ROS
levels in the cells pretreated with the middle concentration
tested (10 𝜇M) of CARN.

The action of CARN resulted in decreased systemic
inflammation in AA, monitored by plasmatic level of proin-
flammatory cytokine IL-1𝛼. Recent research has shown that
in the processes of RA IL-1 is one of the pivotal cytokines
in initiating the disease. In patients with RA and related
spondyloarthropathies, IL-1 and TNF𝛼 are key contributors
[48, 49]. In AA, CARN significantly reduced the level of IL-
1𝛼 in plasma, but this effect resulted only inmild reduction of
HPV on day 28. However, while inhibition of IL-1, TNF𝛼, or
both yields a significant anti-inflammatory effect in rats with
AA, residual disease persists [32]. Beneficial effects of CARN
manifested in reduction of systemic OS and reduced level
of IL-1𝛼 in plasma were accompanied also by reduction of
HPV and CBM. CARN beneficially affected HPV and CBM
measured on day 14 and on day 28, significantly on day 14
when the clinical manifestation of the disease started. CARN
was able to delay the disease onset. CARN also reduced HPV
in themodel of CARAduring the whole experiment, 30min–
240min, and was more effective in this animal model of
acute inflammation. One of the possible explanations of HPV
reduction is that restoration of redox balance in AA could
have inhibitory effects on some immune cells and cytokine
signaling involved in disease.

5. Conclusion

We showed a protective effect of CARN against oxidative
damage on chondrocytes, whichmay be helpful in preventing
cartilage degradation in “arthritic” joint. CARN also reduced
the level of protein carbonyls and the activity of glutathione
reductase in the brain of animals with AA, which is a
unique finding for this animal model of arthritis. Our results
from two animal models indicate that CARN may have also
systemic anti-inflammatory effects. However, it still remains
unclear if the ability of CARN to restore redox balance is

the only mechanism responsible for its anti-inflammatory
effects in AA and CARA. Nevertheless, CARN administered
together with standard antirheumatic therapy could enhance
its effectivity and it might become a potential candidate
to enrich the repertoire of anti-inflammatory drugs in the
future.
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[43] S. Appenzeller, M. B. Bértolo, and L. T. L. Costallat, “Cognitive
impairment in rheumatoid arthritis,” Methods and Findings in
Experimental and Clinical Pharmacology, vol. 26, no. 5, pp. 339–
343, 2004.

[44] G. Kogan, A. Stasko, K. Bauerova, M. Polovka, L. Soltes, and V.
Brezova, “Antioxidant properties of yeast (1 → 3)-𝛽-D-glucan
studied by electron paramagnetic resonance spectroscopy and
its activity in the adjuvant arthritis,”Carbohydrate Polymers, vol.
61, pp. 18–28, 2005.

[45] E. B. Kalaz, B. Evran, S. Develi-İş, P. Vural, S. Dogru-Abbasoglu,
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The reactive oxygen species (ROS) form under normal physiological conditions and may have both beneficial and harmful role.
We search the literature and current knowledge in the aspect of ROS participation in the pathogenesis of anterior and posterior eye
segment diseases in adults. ROS take part in the pathogenesis of keratoconus, Fuchs endothelial corneal dystrophy, and granular
corneal dystrophy type 2, stimulating apoptosis of corneal cells. ROS play a role in the pathogenesis of glaucoma stimulating
apoptotic and inflammatory pathways on the level of the trabecular meshwork and promoting retinal ganglion cells apoptosis
and glial dysfunction in the posterior eye segment. ROS play a role in the pathogenesis of Leber’s hereditary optic neuropathy and
traumatic optic neuropathy. ROS induce apoptosis of human lens epithelial cells. ROS promote apoptosis of vascular and neuronal
cells and stimulate inflammation and pathological angiogenesis in the course of diabetic retinopathy. ROS are associated with the
pathophysiological parainflammation and autophagy process in the course of the age-related macular degeneration.

1. Introduction

The reactive oxygen species (ROS) form as products under
normal physiological conditions due to the partial reduction
of molecular oxygen. ROS, that is, superoxide anion (O

2

−),
hydroxyl radical (OH∙), hydrogen peroxide (H

2
O
2
), and

singlet oxygen (1O
2
), arise in many ways, as a product of

the respiratory chain in mitochondria, in photochemical
and enzymatic reactions, as a result of the exposure to UV
light, ionizing radiation, or heavy metal ions. Superoxide is
generated directly from the reduction of oxygen and then
dismutated to hydrogen peroxide. Hydrogen peroxide is a
molecule with low reactivity, but it can readily penetrate cell’s
membranes and generate the most reactive form of oxygen,
the hydroxyl radical, via Fenton’s reaction (H

2
O
2
+ Fe2+ →

Fe3+ + OH− + OH∙).

Low levels of ROS production are required to maintain
physiological functions, including proliferation, host defense,
signal transduction, and gene expression [1]. ROS are pro-
ducedmainly bymitochondrion.Themitochondrial electron
transport chain generates superoxide radicals through the
single-electron leak at respiratory complexes I and III of the
oxidative phosphorylation (OXPHOS) pathway [1, 2]; how-
ever, flavin-dependent enzymes in the mitochondrial matrix
may produce the reactive oxygen species atmuch higher rates
than complex I [3]. Under physiological conditions there is
a cellular balance between ROS generation and clearance,
since eukaryotic cells have several antioxidative defense
mechanisms, including enzymes and antioxidants. There are
fivemajor types of primary intracellular antioxidant enzymes,
that is, Cu/Zn-superoxide dismutase (Cu/Zn-SOD, SOD1)
in the cytosol, manganese superoxide dismutase (Mn-SOD,
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SOD2) in the mitochondrial matrix, catalase, glutathione
peroxidase (GPx), and glutathione reductase (GR).The SODs
dismute superoxide to oxygen and hydrogen peroxide, while
catalase and GPx convert hydrogen peroxide into H

2
O and

O
2
. Apart from the antioxidant enzymes, small molecular

weight and nonenzymatic antioxidants are also involved
in the protection of the intracellular components against
the reactive oxygen species. However, when ROS cellular
overproduction overwhelms intrinsic antioxidant capacity,
then the oxidative stress occurs and next the damage to the
biomolecules of normal cells and tissues may occur [1].

The oxidative stress usually results from either exces-
sive ROS production, mitochondrial dysfunction, impaired
antioxidant system, or a combination of these factors. The
prooxidative/antioxidative cellular imbalance between the
ROS production and ability of the biological systems’ defense
mechanisms to eliminate the cellular stress disturbances leads
to the vicious circle, since the oxidative stress reciprocally
aggravates ROS production. ROS can be generated at elevated
rates under normal aging, as well as in acute or chronic
pathophysiological conditions [4–6]. The excessiveness of
ROS causes oxidative damage to the deoxyribonucleic acid
(DNA), proteins, and lipids. ROS can react with the nucleic
acids attacking the nitrogenous bases and the sugar phos-
phate backbone and can evoke single- and double-stranded
DNA breaks. Human mitochondrial DNA (mtDNA) is a
covalently closed, double-stranded molecule, encoding 13
proteins of the oxidative phosphorylation chain, 22 tRNAs,
and 2 rRNAs. mtDNA is more susceptible to the oxidative
damage than its nuclear counterpart, since it is located
in close vicinity to the inner mitochondrial membrane; a
major site of ROS production is not protected by histones
or other associated proteins, has intronless regions and a
high transcription rate, and has a higher susceptibility to the
oxidative modifications in its coding region. DNA damage
induced by the oxidative stress may affect the protein-coding
region of mtDNA and influence oxidative phosphorylation.
mtDNA mutations can cause disturbances in the respiratory
chain as well as the loss of control of ROS production. The
much less effective repair system for mtDNA damage may be
the cause for accumulating the oxidative stress together with
its consequences. ROS also attack structural and enzymatic
proteins by the oxidation of residual amino acids, prosthetic
groups, formation of cross links, protein aggregates, and
proteolysis. The inactivation of the key proteins can lead to
the serious consequences in the vital metabolic pathways.
Lipid peroxidation (autooxidation) is a process of oxidation
of polyunsaturated fatty acids due to the presence of several
double bonds in their structure and it involves production of
peroxides (chemical compounds in which two oxygen atoms
are linked together by a single covalent bond), ROS, and
other reactive organic free radicals.There are several markers
of oxidative damage, including the following: 8-hydroxy-2-
deoxyguanosine (8-OHdG), a marker of oxidative damage to
DNA; protein carbonyl groups, amarker of protein oxidation;
malondialdehyde (MDA), amarker of lipid peroxidation; and
4-hydroxynonenal (4-HNE), a marker of lipid peroxidation
[4–6].

The cell’s inability to repair the incurred damage may
cause genetically programmed cell’s death (apoptosis) or
mutations in the DNA, which leads to carcinogenesis or
development of many neurodegenerative diseases. Increased
ROS levels and oxidative damage of the cellular components
play an important role in the senescence process.The amount
of accumulated damage increases with the age due to impairs
in the DNA repair system and the intensified oxidative stress
as well as with the decreased antioxidant defense. Mutations
in the keyDNA repair genes result in an impaired recognition
system and an inefficient repair of DNA damage, which
accelerates the aging of the organism, leading to the age-
related disruptions in cellular and tissue functions.The aging
of the organism is an inevitable process since the formation of
ROS is a result of normal daily cellularmetabolism.Therefore,
cells have complex defense mechanisms to combat both the
formation of ROS and the impacts of their actions. The
oxidative stress leads to apoptosis when antioxidant capacity
is insufficient. The oxidative stress can induce apoptosis by
damaging mtDNA, inhibiting the mitochondrial respiratory
chain transition, and increasing mitochondrial membrane
permeability [4, 7]. Cell’s death induced by the excessive ROS
production and the oxidative stress is involved in pathomech-
anismofmany general neurodegenerative pathologies such as
Alzheimer’s disease [8], Parkinson’s disease [9], prion disease
[10], protein misfolding diseases [11], and ophthalmological
diseases [12].

2. The Role of ROS and the Oxidative Stress in
the Cornea Diseases

Thecornea, an avascular tissuewhichmaintains transparency
at the frontal surface of the eye, contains three major layers,
that is, the outer epithelium, a thick stroma with corneal
fibroblasts, and the inner endothelium.

In the cornea, the source of oxidative stimuli is solar
ultra violet (UV) radiation [13]; the human cornea absorbs
92% of UV-B, that is, 280–315 nm sunlight radiation reaching
the eye [14] and atmospheric oxygen, mainly dioxygen
[13]. Due to its localization and function, the cornea is
chronically exposed to ROS accumulation as well as to the
oxidative stress [13]; however, normal corneas have well-
developed antioxidant defense systems which contain direct
free radical scavengers, including nonenzymatic, low molec-
ular weight antioxidants covering vitamin C, vitamin E, b-
carotene [15, 16], reduced glutathione (GSH) [17], ferritin
[18], 𝛼-tocopherol [19], and several indirect, enzymatic high
molecular weight antioxidants, that is, catalase, superoxide
dismutase, glutathione peroxidase, and glutathione reductase
[20].With the age, themalfunction of the corneal antioxidant
defense mechanisms leads to ROS accumulation and the
oxidative stress. The prooxidant/antioxidant imbalance is
due to the inactivation of the antioxidant enzymes, mainly
catalase, glutathione peroxidase, and lactate dehydrogenase,
and leads to the functional and structural changes in the
corneal tissue [21]. In response to the oxidative stress andwith
the age, through the apoptotic process the number of corneal
fibroblasts and corneal endothelial cells declines in normal
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human corneas [22]. However, in specific conditions the
increased ROS production and accumulation, the oxidative
stress, and the prooxidant/antioxidant imbalance lead to the
corneal pathologies.

The increased ROS levels and the oxidative stress both
play a crucial role in the development of Fuchs endothelial
corneal dystrophy, keratoconus, and granular corneal dystro-
phy type 2.

2.1. Fuchs Endothelial Corneal Dystrophy (FECD). FECD is
an oxidative stress disorder which leads to the age-related
gradual loss of corneal endothelial cells (CECs), resulting in
corneal edema and loss of vision. FECD affects approximately
4% of the population in the fourth or fifth decade of life
and is characterized by an accelerated decrease of postmitotic
endothelial cells density caused by apoptosis, as well as for-
mation of posterior excrescences of Descemet’s membrane,
termed guttae, which arise as abnormal accumulation of
subendothelial deposition of profibrotic extracellular matrix
[23, 24]. Nondividing nature, positioned within the light
path and high metabolic activity, predisposes CECs, mainly
from the corneal center to the oxidative stress. Oxidative
stress is the major contributor to the slow developing of
CECs degeneration, loss of their hexagonal shape, and density
in FECD patients [25]. FECD corneas exhibit increased
accumulation of ROS (and RNS) in comparison with the
normal tissues [21]. Central areas of FECD corneal buttons
showed increased level of 8-hydroxy-2-deoxyguanosine (8-
OHdG), decreased numbers of mitochondria, and reduced
activity of cytochrome oxidase (the major respiratory chain
enzyme) in Jurkunas et al.’s study. According to the authors,
increased level of oxidative mtDNA damage exhibited next to
corneal guttae confirms association betweenmacromolecular
damage triggered by the oxidative stress and the endothelial
cells apoptosis. Endothelial oxidative DNA damage is caused
by imbalance of oxidant/antioxidant factors in CECs, based
on an abnormal response of the transcription factor Nrf2
and its antioxidant targets, including superoxide dismutases
[26]. Nrf2, nuclear factor-erythroid 2-related factor-2, is a
key nuclear transcription factor coordinating upregulation
of antioxidant defense in response to cellular stress. Nrf2
shows a high affinity to the antioxidant response element
(ARE), which is involved in transcriptional activation of
genes encoding proteins important for the protection against
the oxidative stress, including peroxiredoxin, glutathione S-
transferases, heme oxygenase-1 (HO-1), thioredoxin reduc-
tase 1 (TXNRD1), and ferritin [27]. Aberrant Nrf2 response
influences the expression of multiple antioxidants in FECD
corneal endothelium, causing accumulation of free radicals
and other reactive species [23, 28]. Peroxiredoxins, which
are involved in the removal of hydrogen peroxide from
the cells and in the inhibition of ROS-induced apopto-
sis, show decreased expression in corneal endothelial cells
and Descemet’s membrane of FECD corneas [28]. Matthaei
et al. showed decreased transcriptional levels of super-
oxide dismutase 1 and superoxide dismutase 2 in FECD
endothelial samples and overexpression of NOX4 enzyme
(NADPH oxidase 4) [29]. NAPDH oxidase, (NOX) family,
is a reduced form of nicotinamide adenine dinucleotide

phosphate and one of the most important sources for ROS
generation [30]. Decreased levels of SOD1 and SOD2,
decreased Nrf2-expression, and augmented NOX4 activity
significantly exacerbate antioxidant/oxidant imbalance and
contribute to consecutive induction senescence of CECs in
FECD patients [29]. Lack of Nrf2 leads to perturbation of
tissue homeostasis and activates p53-dependent apoptotic
pathway in FECD endothelial cells [31]. On the other hand,
experimental applying of sulfolane, which is Nrf2 agonist,
caused cytoprotective effect by significant upregulation of
majorARE-dependent antioxidants, decreased intracellularly
ROS production, and ameliorated oxidative stress-induced
CECs apoptosis in FECD corneas [32].

2.2. Keratoconus (KC). KC is a degenerative disorder charac-
terized by the corneal ectasia (stromal thinning leads to cone-
shaped protrusion, often in the inferotemporal quadrant),
associatedwith breaks in Bowman’s layer and Fleischer’s ring-
iron deposits in the basal layer of the epithelium. Irregular
astigmatism, myopia, and cornea scarring reduce the visual
acuity. KC is mostly bilateral, with the onset usually in
puberty and arresting around the fourth decade of life, affect-
ing both genders and all ethnicities [33]. Visual impairment
may be alleviated by spectacles or specialized contact lenses
inmost of the patients and in a part of themmay be employed
riboflavin-ultraviolet-A-induced collagen cross-linking ther-
apy, which causes covalent bonding between the collagen
fibrils and biomechanically strengthens the diseased cornea
[34]; however, 10–20% of affected patients may necessitate
the corneal transplantation [35]. Oxidizing UV radiation and
blue light, genetic predispositions, and the environmental
mechanical influences such as contact lens wear, atopy, and
eye rubbing play a role in KC pathogenesis [36–38].

In comparison with the normal cornea samples, human
KC corneas exhibit an increased stress-induced ROS genera-
tion, including superoxide [39], as well as the accumulation
of nitrotyrosine, a marker for the formation of peroxynitrite,
and increased production of nitric oxide (NO) radicals; ele-
vated amounts of endothelial nitric oxide synthesis (eNOS)
were detected at the site of Bowman’s layer breaks [21].
Increased ROS and RNS formation lead to oxidative stress
[37] and cause mtDNA impairment in keratoconus corneas.

Apparent and important role of mtDNA damage in the
development of KC pathogenesis confirm many studies. In
comparison with the age-matched normal corneas, kerato-
conus corneas present an increased level of mtDNA damage,
which affects the protein-codingmtDNA region and disturbs
the mitochondrial process of oxidative phosphorylation.
Aberrations in the expression of oxidative phosphorylation
proteins lead to improperATP synthesis, increased ROS/RNS
formation, and then in turn the further oxidative damage and
increased ROS/RNS formation. KC corneas exhibit decreased
activity of complex IV subunit 1 (CO I) in areas of corneal
thinning [40]. KC stromal fibroblasts also show in vitro
increased mitochondrial cytochrome oxidase subunit 2 (CO
II) RNA levels in comparison with the normal cultures
[41]. Han Chinese population exhibited a significant (𝑝 =
0.0002) decrease of leukocyte mtDNA copy number in KC
patients compared to control subjects, which remained even
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when age, gender, and mtDNA genetic background were
considered. Leukocytes are normal tissues in keratoconic
corneas and leukocyte mtDNA copy number represents
the general mtDNA copy numbers of the individual. There
was no correlation between mtDNA haplogroup and the
risk of keratoconus in this group [42], contrary to Saudi
Arabian population, in which increased risk to develop KC
in individuals correlated with themitochondrial haplogroups
H and R [43]. According to the authors, decreased leukocyte
mtDNA copy number in keratoconus patients represents a
genetic susceptibility to KC. Moreover, it is a predisposing
factor for disease development by influencing oxidative stress,
since decreased mtDNA copy number sustains imbalance
between damaged and normal mtDNA, which favours fur-
ther increasingROS formation and additional oxidative stress
in KC cornea [42].

KC corneas exhibit disturbance in the level of transcripts
and/or activities of different antioxidant enzymes [44]. The
activity of extracellular superoxide dismutase [45] and con-
tent of glutathione [37] are decreased in KC corneas in
comparison to the normal samples.

Increased ROS formation, oxidative stress, and mtDNA
damage and decreased antioxidant defenses in KC corneas
cause keratocyte apoptosis and unfavourable changes in
extracellular matrix (ECM), which finally lead to thinning
and deformation of keratoconus corneas. Oxidative stress
accelerates keratocyte apoptosis [41]. Integrity of mtDNA
plays an important role in viability of cells and the mitochon-
drial dysfunction contributes to KC deformation [40].

Oxidative stress changes expression of two structural
components of ECM, that is, collagen type XVIII/endostatin
and collagen type XV. Remodeling of the extracellular matrix
makes stroma more susceptible to degradation and results in
its thinning [46]. Degradation of collagen components of the
extracellular matrix in keratoconus corneas favours changes
in the expression of ECM enzymatic regulators, that is,
gelatinase A andmatrixmetalloproteinase 2 (MMP-2), which
digest the main structural elements of the ECM, namely,
collagen IV, collagen V, fibronectin, and laminin [47, 48], and
MMP-2 inhibitor, that is, tissue inhibitor metalloproteinase 1
(TIMP-1). KC corneas exhibit increased activity of gelatinase
A and decreased mRNA expression and protein levels of
TIMP-1 [49]. ROS/nitric oxide pathway degrade TIMP-1 and
increase MMP-2 activity [50]. TIMP-1 plays a role in the
inhibition of apoptosis in a variety of cell types; therefore
lower amount of this protein is associated with fragmentation
of the epithelium and stroma thinning of KC corneas [51].

In some patients, their genetic predisposition to kera-
toconus, that is, polymorphisms in COL4A3 and COL4A4
genes, encoding components of type IV collagen, a major
corneal structural protein [52], and/or mutation in the
superoxide dismutase 1 gene [53] may accelerate the corneal
changes. However, Stabuc-Silih et al. did not confirm correla-
tions between mutation of SOD1 gene and keratoconus [54].

2.3. Granular Corneal Dystrophy Type 2 (GCD2). GCD2 is
an autosomal dominant disorder caused by point mutations
(R124H) in transforming growth factor-𝛽-induced gene-h3
(BIGH3) and is characterized by age-dependent progressive

accumulation of transforming growth factor-𝛽-induced pro-
tein (TGFBIp) deposits in the corneal epithelia and stroma,
which interferes with corneal transparency [55].

Choi et al. confirmed that the oxidative stress is also
involved in the pathogenesis of GCD2, since GCD2 primary
cultured corneal fibroblasts demonstrate increased intracel-
lular ROS and H

2
O
2
generation and they are highly suscepti-

ble to the oxidative stress-induced cell’s death in comparison
with the normal primary cultured corneal fibroblasts [56].
Choi et al. showed in the other study that melatonin, which
is involved in the control of various physiological func-
tions and also has antioxidant and antiapoptotic properties,
protected GCD2 corneal fibroblasts against the paraquat-
(PQ-) induced oxidative stress, since it reduced intracellular
levels ofH

2
O
2
and increased expression ofCu/Zn-superoxide

dismutase and glutathione reductase in fibroblasts GCD2
corneas [57].

Increased ROS production and increased level of the
oxidative stress play role in the etiology of the superficial
punctate keratopathy [58] and impair the corneal wound
healing [59, 60].

3. The Role of ROS and the Oxidative Stress in
Glaucoma Pathogenesis

Glaucoma, an age-dependent disease being more common
in the elderly population, is one of the leading causes of
irreversible blindness [61]. Glaucoma is an optic neuropathy
characterized by the progressive degeneration of retinal gan-
glion cells (RGCs), which die through an apoptotic process
[62]. Increased intraocular pressure (IOP) is a consequence
of abnormal high resistance to aqueous humor drainage
via the trabecularmeshwork, causing anterograde/retrograde
axoplasmic flow impairment (the mechanical theory of glau-
coma), and it is the leading risk factor for RGCs apoptosis in
glaucoma [63]. However, several concomitant factors such as
increased ROS production and oxidative retina damage and
imbalance between prooxidative and antioxidant capacity
have been postulated as the crucial factors in early retinal
injury [64], together with the reduced perfusion pressure in
the blood vessels (the vascular theory of glaucoma), which
also significantly contribute to the glaucomatous neurode-
generation [65]. In the glaucoma pathogenesis are involved
the trabecular meshwork in the anterior chamber of the eye;
RGCs and their axons in the posterior eye segment; and the
lateral geniculate nuclei and the visual cortex in the central
nervous system [66–68].

3.1. The Influence of ROS and the Oxidative Stress on the
Human Trabecular Meshwork. The human trabecular mesh-
work (TM) is themost sensitive tissue of the anterior chamber
to the oxidative damage, since it is hidden in the sclerocorneal
angle and not directly exposed to light and in consequence
has fewer, than cornea and iris, antioxidant defence [69]. ROS
induced by light change the oxidant/antioxidant balance in
the aqueous humor.The oxidative stress stimulates enzymatic
antioxidant defence systems and decreases the total antiox-
idant potential in aqueous humor; therefore, the level and
activity of protecting superoxide dismutase and glutathione
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peroxidase decrease and such oxidant/antioxidant imbalance
causes TMcells impairment [70].HumanTMcells are in con-
tact with the relatively high concentrations of hydrogen per-
oxide and such exposure to H

2
O
2
has no effect on outflow in

normal eyes; however, it causes a 33% decrease in outflow in
reduced glutathione-depleted eyes [71]. Patientswith primary
open-angle glaucoma (POAG) expose higher susceptibility
to oxidative damage, since their total reactive antioxidant
potential is reduced by 60–70%, although the activity of
antioxidative enzymes is increased by the same amount [70],
and they show the reduced levels of glutathione in plasma
[72]. POAG patients display a genetic background rendering
them susceptible to ROS-induced damage, since there is a
more frequent deletion of the gene encoding for GSH S-
transferase compared with the control individuals [66].

Increased hydrogen peroxide levels and the oxidative
stress damage mainly structural and functional components
of mtDNA in TM endothelial cells; however, damage of
proteins and membrane lipids also occurs [73].

Increased level of 8-OH-dG derived from guanosine oxi-
dation is an established biomarker of oxidative DNA damage.
In Sorkhabi et al.’s study, both aqueous and serum 8-OH-dG
levels were significantly higher in glaucoma patients than in
the control group (4.61±2.97ng/mL versus 1.98±0.70 ng/mL,
𝑝 = 0.002, and 17.80±8.06 ng/mL versus 13.63±3.54 ng/mL,
𝑝 = 0.046, resp.), and total antioxidant status determined
in serum and in aqueous humor was significantly lower in
glaucomapatients than in control group (0.55±0.13mmol/lit.
versus 0.70±0.14, 𝑝 = 0.001, and 0.23±0.13mmol/lit. versus
0.34 ± 0.15, 𝑝 = 0.001, resp.) [74]. Trabecular meshwork
samples of patients with POAG, obtained during the filtration
surgery, also exhibited increased level of 8-OH-dG [75].
More recently, the altered stability of mRNAs in human
TM cells exposed to oxidative stress has been reported as
well [76]. Mitochondrial dysfunction and oxidative mtDNA
impairment of the human TM endothelial cells occur in
POAG and pseudoexfoliative glaucoma, however not in other
types of glaucoma [77], and are proportional to the clinical
symptomsof the POAG, that is, intraocular pressure elevation
and visual fields damage [75], and contribute to POAG
progression [73].

Elevated ROS concentration influences TM activat-
ing nuclear factor-𝜅B (NF-𝜅B) pathway and causes oxida-
tive/peroxynitrite stress [78].

NF-𝜅B is a family of transcription factors which play crit-
ical roles in inflammation, immunity, cell proliferation, dif-
ferentiation, and survival. Increased ROS generation results
in sustained NF-𝜅B activation, which in turn induces the
expression of proinflammatory markers, including endothe-
lial leukocyte adhesion molecule-1 (ELAM-1), interleukin-
(IL-) 1𝛼, IL-6, and IL-8 [79]. Short-termROS/NF-𝜅B pathway
activation contributes to the decrease of IOP [80]; however,
its chronic stimulation exerts pathological effects on the TM
and leads to glaucoma progression [81]. Enhanced level of
superoxide anions induces overproduction of nitric oxide
(NO), which in turn reacts with H

2
O
2
and produces toxic

metabolites, reactive peroxynitrite (ONOO−). Physiological
levels of NO play an important role in controlling ocular
vascular tone and the blood flow. NO is synthesized from

l-arginine by a family of nitric oxide synthase (NOS) isozymes
which includes neuronal (n)NOS, endothelial (e)NOS, and
inducible (i)NOS. nNOS and eNOS are constitutive Ca2+
(calcium)/calmodulin-dependent enzymes and are tightly
controlled by mechanisms regulating physiological intracel-
lular Ca2+ levels, whereas iNOS is Ca2+-independent [82].
The human TM endothelium cells, involved in modulating
the permeability of the endothelial barrier, express mainly
eNOS isoform (and significantly lower amount of nNOS),
which physiologically regulates aqueous outflow by main-
taining endothelial cell function.The oxidative/peroxynitrate
stress leads to eNOS deficit, which alters TM mobil-
ity and causes its contractile dysfunction [83]. Moreover,
ROS/ONOO− stress induces and sustains inflammation and
proliferation of TM endothelial cells [64], as well as breakage
ofmtDNA and impairment ofmitochondrial respiration, and
the energy failure leads finally to the endothelial cells damage
[64, 84].

Increased hydrogen peroxide levels and the oxidative
stress cause remodeling of TM cytoarchitecture and this leads
to TM enlargement or collapse. The oxidative stress stimu-
lates mobility (migration) of human TM cells in vitro, which
causes trabecular thickening and fusion and contributes to
trabecular enlargement [85]. Human TM cellularity declines
linearly in relation to age; however, glaucomatous subjects
have lower TM cellularity than nonglaucomatous subjects
at the same age [86]. Human TM cells exposed to 1mmol
of H
2
O
2
stress show reduced adhesiveness to the extra-

cellular matrix structural components (to collagen types I
and IV, laminin, and fibronectin) and such rearrangement
of cytoskeletal structures may also lead to endothelial cells
loss and cause TM disruption and collapse [87]. The exact
mechanism of TM cells loss and the environmental factors
contributing to it are not known yet; however, exogenous
influence of higher H

2
O
2
levels, combined with the insuffi-

cient glutathione level, may induce collagen matrix remod-
eling and cause trabecular cell apoptosis, independently of
mitochondria [84]. TM plays a major role in the regulation of
aqueous outflow [88]; therefore, its oxidative-related enlarge-
ment or collapse leads to the increased outflow resistance and
elevation of IOP (Figure 1) [84].

3.2. The Influence of ROS and the Oxidative Stress on the
Development of Glaucomatous Neurodegeneration. Increased
IOP and/or hypoxia stimulate ROS production in glaucoma
patients. Amplified ROS generation causes chronic stress
state of the retina and of the optic nerve head tissue. ROS and
the oxidative stress constitute an important noxious stimulus,
which leads to progressive retinal ganglion cells (RGCs) loss
in apoptotic and autophagic process, causes retinal and optic
nerve glial dysfunction, and dysregulates ocular hemody-
namics. In patients with glaucomatous neurodegeneration,
progressive loss of RGCs and optic nerve axons leads finally
to characteristic optic nerve atrophy and visual field defects.

3.2.1. The Role of ROS and the Oxidative Stress in the
Pathomechanism of RGCs Death. Oxidative mitochondrial
dysfunction caused by amplified ROS generation (as well as
nitric oxide-induced damage) is a part of the pathway for
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Figure 1: Schematic overview of the harmful influence of ROS and the oxidative stress on the trabecular meshwork structure and its function
in glaucoma. ROS, reactive oxygen species; mtDNA, mitochondrial deoxyribonucleic acid; TM, trabecular meshwork; ECM, extracellular
matrix; NF-𝜅B, nuclear factor-𝜅B; ROS/ONOO−, reactive oxygen species/peroxynitrite; IOP, intraocular pressure.

RGCs death and plays role in the development of glaucoma-
tous neurodegeneration. Glaucomatous neurodegeneration
means the impairment of RGCs (soma), as well as dendrites
in the retina, axons in the optic nerve, and synapses in the
brain. ROS may act as the direct cytotoxic stimulus causing
RGC loss through apoptosis and as intracellular signaling
molecules (secondmessenger parallel to neurotrophin depri-
vation) for RGCs death after axonal injury, responsible for
transforming the information from the damaged axon into
RGCs soma. ROS may be directly cytotoxic to RGCs in
a caspase-dependent manner or may function in caspase-
independent pathway. Caspase-independent apoptotic path-
ways can be activated by apoptosis-inducing factor. Extracel-
lular ROS released from stressed cells into the extracellular
milieu may facilitate RGCs degeneration additionally to the
neurodegenerative injury induced by the intracellular ROS
attack. Moreover, ROS released by the neighboring cells may
also be cytotoxic to the primarily undamaged RGCs [12, 89].

In glaucoma patients, RGCs may also die in the course
of dysregulated basal autophagic process [90] and ROS
and the oxidative stress induce autophagy [91]. Autophagy
refers to lysosomal degradation of cell’s own constituents.
This is highly conserved adaptive metabolic process, which
permits the degradation and recycling of cellular con-
stituents (including long-lived proteins and organelles),
and is crucial for maintaining cellular homeostasis and
cell survival under stressful conditions. Autophagy is trig-
gered in response to various stressful conditions such
as oxidative stress, hypoxia, ischemia/reperfusion injury,
growth factor withdrawal, and nutrient deficiency. The
autophagosome, a double membrane structure containing
engulfed cytoplasm and its organelle content, fuses with
lysosome(s) to create an autophagolysosome within which

the endocytosed contents can be degraded by lysosomal
enzymes. There are predominantly 3 autophagic pathways,
that is, macroautophagy (autophagy), microautophagy, and
chaperone-mediated autophagy (chaperones are a function-
ally related group of proteins assisting protein folding in the
cell under physiological and stress conditions). Autophagy
is primarily a nonselective degradation pathway but also
different kinds of selective autophagy exist, that is,mitophagy,
reticulophagy, pexophagy, xenophagy, and nucleophagy,
which, respectively, refer to the selective removal of mito-
chondria, endoplasmic reticulum, peroxisomes, intruding
microorganisms, and nuclei. Intralysosomal waste material
accumulated with age and damaged cellular components,
which are no longer functional, are also degraded by this
self-eating process. If the autophagic degradative pathway
is faulty, an accumulation of damaged proteins as aggre-
gated deposits takes place which may cause the anatomical
obstacles to physiological processes. Diminished autophagic
activity plays a major role in aging and age-related diseases
[92]. Mizushima subclassified autophagy into “baseline” and
“induced.” Neuronal autophagy is protective at basal levels
and prevents the aggregation of damaged organelles and
the accumulation of proteins in neurons, thus promot-
ing axonal homeostasis and efficient clearance of cellular
soma. However, with the progression of autophagy, neurons
undergo stimulation, which deregulates the basal autophagic
mechanism and converts it to induced autophagy [93].

Superoxide and hydrogen peroxide play a dual role
signaling autophagy process. Through influence on BECN1
(Beclin 1, autophagy-related) ROS activate formation of class
III phosphatidylinositol 3-kinase (PtdIns3K) complexes and
positively regulate autophagy; PtdIns3K is an intracellular
energy sensor, which specifically responds to the energy
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depletion [94]. BECN1 contributes to the early formation
of autophagic vesicles [95] and is predominantly located in
RGCs layer of the retina [96]. However, ROS also can activate
BCL2 (B-cell CLL/lymphoma 2) family proteins, which after
binding to BECN1 disorganize the formation of PtdIns3K and
disrupt the induction of autophagy [94].

Both chronic hypertensive glaucoma and/or conditions of
retinal transient ischemia, induced by acutely increasing IOP,
stimulate ROS production and dysregulate basal autophagy.
Autophagy is originally activated in the dendrites of RGCs
to promote cellular protection and maintain intracellular
homeostasis. Axons contain a large number of mitochon-
dria, which make them more sensitive to chronic ischemia.
Neuroprotective effect of autophagy in axons lessens after 4
weeks of progressive increase of IOP. Thereafter, autophagy
is predominantly activated in the neuronal soma, which
disrupts homeostasis, decreases cell viability, and triggers
autophagic RGC death [90, 96]. If the IOP increases acutely,
autophagy is enhanced immediately and occursmostly in cell
bodies, which induces neuronal cell death in a relatively short
time [90].

3.2.2. The Influence of ROS and the Oxidative Stress on Glial
Cells of the Retina and Optic Nerve Head. Under oxidative
conditions glial cell lessens its neuroprotective ability and
may even become neurodestructive. ROS and the oxidative
stress cause supportive glial dysfunction, which lead to
the secondary RGCs apoptosis. ROS stimulate pathological
glial activity (increase secretion of TNF-𝛼 and nitric oxide),
cause oxidation of its protein (glutamine synthetase), and
damage glial cells through activation ofAGE/RAGE signaling
pathway. ROS induce glial immune system as well, which
additionally facilitate the progression of glaucomatous neu-
rodegeneration [12].

ROS and aging promote accumulation of advanced gly-
cation end products (AGEs), a hallmark of many chronic
neurodegenerative diseases. AGEs stimulate ROS production
and assist development of glaucomatous neurodegeneration
[12]. AGEs are proteins, lipids, or nucleic acids formed by
nonenzymatic glycation or glycoxidated, after the exposure
to the aldose sugars. The oxidative stress increases with age
and, furthermore, the ability to respond to the oxidative
stress declines with age, mostly due to the imbalance between
increasing oxidant production and decreasing antioxidant
capacity andAGEs accumulate in various tissues in the course
of physiological aging. Due to their synergismwith the oxida-
tive stress, AGEs production is promoted by the oxidative
stress; while AGEs lead to ROS generation, AGEs are com-
monly implicated as factor which exacerbates progression of
many neurodegenerative diseases. These detergent insoluble
and protease-resistant, nondegradable AGEs aggregates may
impair normal cellular/tissue functions directly, or indirectly,
byAGE/RAGEpathway after binding to the specific receptors
for advanced glycation end products (RAGEs). AGE/RAGE
pathway results in the cell activation, proliferation, apoptotic
cell death, chemotaxis, angiogenesis, and ROS generation. As
a consequence of AGEs accumulation, many proteins lose
their function, including proteins involved in the regulation
of gene transcription [97].

In glaucoma, AGEs are accumulated predominantly
extracellularly in laminar cribriform plates and blood ves-
sels of the optic nerve head, mainly on many long-lived
macromolecules like collagen [98]. Extracellular aggregates
increase tissue rigidity and mechanical strength and increase
impairment of microcirculation, which additionally facilitate
injury of axons damaged by increased IOP [12]. AGEs are
also accumulated intracellularly in RGCs, glial cells, and
axons as well [98], which cause intracellular protein traffic
and impair axonal transport [12]. Receptors for AGEs are
upregulated predominantly on Müller cells of retinal glial
cells and on RGCs [98]. It makes glial cells and RGCs
particularly susceptible to AGE/RAGE signaling pathway
and such receptor-mediated signaling may amplify direct
cytotoxic effect caused by extracellular/intracellular AGEs
accumulation [12].

The retina and optic nerve glial cells vigorously respond
to ROS stimulation. Activated autoimmune response may
facilitate primary and/or secondary RGCs degeneration
through stimulation of an aberrant immune response [12].
In Tezel et al.’s study, glial cells exposed to ROS upregulated
major histocompatibility complex (MHC) class II molecules,
important in autoimmune response. T cells recognize anti-
gens in the form of small peptides tightly bound to MHC
class II molecules displayed on the surfaces of antigen-
presenting cells and MHC complex interacts with antigen-
specific receptors on T cells to induce an antigen-specific
reaction. Compared with the control, glial cells in ROS-
generating systems were more potent inducers of T cell acti-
vation in a cell density- and time-dependentmanner, assessed
by increased T cell proliferation (approximately threefold)
and TNF-𝛼 secretion (approximately sixfold), 𝑝 < 0.01 [99].

McElnea et al. confirmed the influence of ROS overpro-
duction, oxidative stress, and mitochondrial dysfunction (as
well as impaired calcium extrusions) on glial cells of the optic
nerve head in glaucomatous patients. The compare levels
of the oxidative stress, mitochondrial function (as well as
calcium homeostasis) in glial fibrillary acid-negative protein
lamina cribrosa cells obtained from the optic nerve head
region of glaucomatous lamina cribrosa (GLC), and normal
lamina cribrosa (NLC) human donor eyes showed that intra-
cellular ROS production was increased in GLC compared
to NLC (27.19 ± 7.05 𝜇M MDA versus 14.59 ± 0.82 𝜇M
MDA, 𝑝 < 0.05); malondialdehyde (MDA) is a naturally
occurring product of lipid peroxidation used as an indicator
of the oxidative stress. Moreover, mitochondrial membrane
potential was lower in GLC (57.5 ± 6.8%) compared to
NLC (41.8 ± 5.3%), expression of the antioxidants (aldo-keto
reductase family 1 member C1 and glutamate cysteine ligase
catalytic subunit) was significantly (𝑝 = 0.02) lower in GLC
compared to NLC control, and intracellular calcium (Ca2+)
levels were significantly higher (𝑝 < 0.001) in GLC cells
compared to NLC [100].

ROS and the oxidative stress have influence on the optic
nerve tissue remodeling, since they trigger neuronal loss,
disorganize laminar cribriform plates secondary to extracel-
lular AGEs accumulation, and stimulate matrix metallopro-
teinases (MMPs) for digestion of extracellular matrix (ECM)
in glaucomatous eyes.Degradation of the optic nerve neurons
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progresses and optic disc cupping enlarges despite glial
activation and increased glial production of the extracellular
matrix molecules [12].

3.2.3. The Influence of ROS and the Oxidative Stress on Ocular
Hemodynamics. ROS and the oxidative stress lead to dys-
regulation of ocular hemodynamics, which also contribute
to RGCs apoptosis. In the eye, the nature of disturbed
hemodynamics is characterized as an altered regulation of
perfusion in the terminal or preterminal arterial vasculature,
however not as an obstructive vascular disease like arte-
riosclerosis [101]. ROS scavengeNO radicals and thus remove
an important vasodilator resulting in vasoconstriction. NO
is a potent signaling molecule in the blood vessels, where
its continuous formation from endothelial cells acts on the
underlying smooth muscle to maintain vasodilatation and
blood flow and plays an important role in controlling ocular
vascular tone and blood flow in the human eye [102]. ROS
increase vascular tone and impair autoregulation of blood
flow. In Zeitz et al.’s study, ROS induced in vitro a transient
increase of vascular tone (transient contractions) of isolated
rings of porcine posterior ciliary arteries. The shape of
these contractions had parallels with vasospasms. Short-time
exposure alters vascular tone which was totally reversible
and the maximal force generation potential was unchanged;
however, the arterial ring preparation lost its excitability after
the prolonged ROS exposure [103]. Glaucoma progression
is associated with the decreased blood flow velocities in the
short posterior ciliary artery [104]. Excessive elevation of
the intraocular pressure leads to retinal ischemia-reperfusion

(I/R) insult.This strong prooxidant condition stimulates ROS
production and predisposes retina to the oxidative damage.
In animalmodels, transient acute I/R injury and impair blood
flow dynamics resulted in necrosis and apoptosis of cells in
both the ganglion cell layer and inner nuclear layer [105].The
schematic overview of the role of ROS in the development of
glaucomatous neurodegeneration is presented in Figure 2.

4. The Role of ROS and Oxidative Stress in
Leber’s Hereditary Optic Neuropathy and in
the Traumatic Optic Neuropathy

4.1. Leber’s Hereditary Optic Neuropathy (LHON). LHON is
an acute or subacute bilateral central vision loss, due to optic
nerve degeneration, and occurring predominantly in young
males. LHON is themost frequentmitochondrial disease, due
tomtDNApointmutations (positions 11778, 3460, and 14484)
coding for proteins inmitochondrial electron transport chain
complexes I and III. mtDNA mutations lead to loss of axons
and their RGCs soma in apoptosis process [106, 107]. The
primary cause of the disease is clearly known; however, the
mechanism of relatively selective loss of the smaller RGCs
and their axons remains enigmatic, and enhanced H

2
O
2

production by themutant mitochondrial complexes has been
hypothesized as etiological factor [107], since (i) mitochon-
drial complexes I and III are the main sources of basal
superoxide production and aberrant production of H

2
O
2

from mutated METC components may cause RGCs death
[106], (ii) RGCs use superoxide as an intracellular signal for
initiating the apoptosis [108], probably by oxidizing critical
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sulfhydryls in signalingmacromolecules [109], and (iii) RGCs
death is triggered when the mitochondrial superoxide levels
are increased by knocking down mitochondrial superoxide
dismutase 2 [110].

The effect of LHON mutations has been studied by
producing transmitochondrial cybrids in human cell lines,
which demonstrate upregulation of somemtDNA transcripts
and exhibit increased superoxide production compared to
wild-type cells. In Giordano et al.’s study, LHON cybrids
presented overproduction of ROS, as well as decrease in
mitochondrial membrane potential, increased apoptotic rate,
loss of cell viability, and hyperfragmented mitochondrial
morphology compared with control cybrids [111]. In another
study, LHON cybrids carrying the np11778 mutation became
selectively more H

2
O
2
sensitive compared with the parental

cell line.They contained a decreased cellular glutathione pool
(49%, 𝑝 ≤ 0.05), despite 1.5-fold enhanced expression of
the regulatory subunit of 𝛾-glutamylcysteine synthetase (𝑝 ≤
0.05). The capacity to detoxify H

2
O
2
was reduced although

the activity of superoxide dismutase, glutathione peroxidase,
and glutathione reductase was unchanged [107].

4.2. ROS Overproduction Contributes to the Traumatic Optic
Neuropathy (TON) Pathogenesis. TON means partial or
complete loss of optic nerve function due to the direct or
indirect optic nerve injury, after head trauma sequelae such
as edema, hemorrhage, and concussion [112]. RGCs apoptosis
after optic nerve injury is caused by lack of neurotrophin
support, increased extracellular glutamate levels, disruption
of cellular homeostasis, and damage from free radicals. Apop-
totic processes are also activated by microglial cells, which
release inflammatory mediators (cytokines, prostaglandins,
and complement molecules) and reactive oxygen species
[113]. Ahmad et al. confirmed the increased oxidative
stress in mice retina with TON [114]; however, treatment
with ABT702 (pharmacological adenosine kinase inhibitor)
attenuated neurotoxicity and significantly decreased levels
of the oxidative stress markers, that is, superoxide anion,
iNOS/nNOS, and nitrotyrosine, and attenuated inflamma-
tion (decreased expression of many inflammatory molecules
mediated by adenosine) in retinal sections of mouse with
TON [115]. ROS are also overproduced during secondary
degeneration following neurotrauma, which means that the
precise impairment of only dorsal axons of optic nerve causes
secondary degeneration of intact ventral axons [116]. In
experimental study, the level of ROS (and nitrogen species)
increased at 1, 3, and 7 days in ventral optic nerve after
dorsal injury. Immunoreactivity for glutathione peroxidase
and heme oxygenase-1 increased in ventral optic nerve at 3
and 7 days after injury, respectively. Despite the increased
antioxidant immunoreactivity, DNA oxidation was evident
just since the 1st day, lipid oxidation after 3 days, and
protein nitration after 7 days since the injury. Oxidative (and
nitrosative) damage was particularly evident in CC1-positive
oligodendrocytes [117].

5. The Role of ROS and the Oxidative
Stress in Cataractogenesis

Cataract, the opacification of the crystalline lens, is one of
the leading causes of blindness in the world and aging is

the greatest risk factor for noncongenital cataract formation.
However, it is amultifactorial optic disorder and other factors
like exposure to sunlight UV radiation, smoking, diabetes,
malnutrition, myopia, and drug (steroid) use also contribute
significantly to cataractogenesis [118].

The progressive loss of lens transparency associated with
the increasing age is a cumulative physiological response
to toxic environmental factors leading to an excessive gen-
eration of ROS in the lens epithelium cells (LECs) and in
the superficial lens fiber cells, as well as in the aqueous
humor [119]. UV-induced oxidative damage is a significant
contributory factor to cataractogenesis. The eyes are con-
tinuously exposed to solar radiation, which can be divided
into five regions in increasing order of wavelengths, that
is, ultraviolet UVC, UVB, UVA, visible range, and infrared
range. Among these radiations, UVC and UVB are respon-
sible for photochemical reactions. UVA, visible range, and
infrared range radiation are traditionally thought to be less
damaging [120]. The major effect of UV radiation is through
photochemical generation of ROS, including superoxide and
its derivatization to other potent entities such as hydrogen
peroxide, hydroxyl radicals, and singlet oxygen in the lens
and in aqueous humor, which lead to oxidative damage of the
lens tissue [120, 121].The incidence of cataract is higher in the
population which is more exposed to the sunlight [122].

Under normal conditions the lens is well equipped and
uses multiple physiologic defense strategies to scavenge ROS
and to maintain them at low levels to protect the lens
from the toxic effects of oxidative damage. The lens defense
system constitutes enzymatic antioxidants, that is, superoxide
dismutase (SOD), catalase (CAT), and glutathione peroxidase
(GPX) utilizing H

2
O
2
, chemical antioxidants, that is, alfa-

tocopherol, beta-carotene, ascorbate, and GSH, structural
antioxidants, that is, cholesterol and membrane protein, and
transition metal-sequestering protein including aqueous and
plasma ceruloplasmin [123, 124]. Enzymatic defense system
also protects the lens from lipid-derived hydrogen peroxide
[123]. However, protective systems decrease with the age and
long-term exposure to oxidative stress predispose lens cells
at risk for cumulative oxidative damage and cataract forma-
tion [118]. The effectiveness of SOD and other antioxidant
enzymes is limited to several reasons such as the following: (i)
their deactivation with aging and their selective distribution
and availability in various cellular compartments, (ii) being
macromolecules, where they cannot penetrate the certain
sensitive sites of oxidation in nucleic acids and in proteins,
(iii) the fact that the lens is surrounded and bathed by
aqueous and the vitreous humors, fluids which lack the
enzymatic defenses. Therefore the lens cell membranes,
which are continuously exposed to a photochemical oxidative
environment due to the continued light penetration during
the long periods of photopic vision, remain susceptible to
photo damage [121]. Human mature cataractous lenses show
decreased activity of SOD, glutathione peroxidase (reducing
organic hydrogen peroxide, including hydrogen peroxide of
lipids) and glutathione reductase, and however no signs of
deficiency in activities of catalase [123]. Genetic variations
in the antioxidant genes coding for the SOD, CAT, and GPX
enzymes may also lead to decreased or impaired regulation
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of their enzymatic activity and alter ROS detoxification.
Zhang et al.’s study showed that the G/G genotype of the
SOD1-251A/G polymorphism may be associated with an
increased risk of cataract. However, in CAT-21A/T andGPX1-
198C/T polymorphisms, there were no significant differences
in the variant homozygous frequencies in age-related cataract
patients in comparison to controls [125].

5.1.TheRole of ROS inOxidative Stress-InducedMitochondria-
Dependent Apoptosis in Human Lens Epithelial Cells. Oxida-
tive stress of the lens is not only the result of an imbalance
between lens oxidants and antioxidants but also the conse-
quence of cellular redox status imbalance in the lens [123].
The short range packing of the crystallins, which make up
over 90% of the soluble lens, must exist in a homogenous
state, that is, in the redox balance, to maintain lens trans-
parency, whichmeans the necessity tomaintain continuously
the thiol (sulfhydryl) groups of proteins of the lens center
in a nearly 100% reduced state to prevent formation of
high molecular weight protein aggregates, which contributes
to the cataract formation [118]. LECs are the center of
lens metabolic activity and their oxidative damage plays a
significant role in cataractogenesis [126]. Mitochondria are
abundant in the lens but only within the epithelium and
differentiating fibers; mature fibers in the core of the lens lack
mitochondria [127]. Mitochondria of LECs and superficial
fiber cells consume 90% of the oxygen entering the lens
and are major endogenous sources of ROS [118, 128]. It is
estimated that up to 1% to 5% of oxygen consumed by the
lens mitochondria is converted to ROS [129].

Age-related mitochondrial dysfunction and ROS imbal-
ance induce oxidative damage of cellular components and
play crucial role in the pathogenesis of senile cataract devel-
opment [118]. ROS are formed in LECs mitochondria as a
byproduct of normal metabolism and as a consequence of
exposure to environmental compounds and if not eliminated
cause oxidative damage of DNA, proteins, and lipids [130].

Nucleic acids are prone to oxidative damage by ROS.
Continuous attack of ROS leads to DNA oxidation. OH∙
modify guanine of DNA and form 8-hydroxyguanine. 8-
OHdG is highly mutagenic, causes GC to TA transversions,
and has been commonly quantified as a steady-state estimate
of oxidative stress in tissues [131]. The extent of lens DNA
damage caused by direct ROS attack can be assessed by
8-hydroxyguanine assay and comet assay. Cultured normal
human LECs show increase of 8-hydroxyguanine marker in
response to the oxidative stress [132]. Quantitative assessment
of DNA damage in LECs achieved from senile cataract
patients and performed in comet assay showed smearing of
DNA fragments instead of bands in the tail, which indicate
random (nonenzymatic) damage with ROS, which act by
chemical reaction [133]. Oxidative mtDNA damage is a
causative factor in aging and a wide variety of degenerative
diseases. mtDNA damage is more extensive and persists
longer than nDNA damage because of its close proximity
to ROS generation through the respiratory chain and its
paucity of protective histones. A vicious cycle of mtDNA
damage and ROS production established within cells leads to
loss of the mitochondrial membrane potential and release of

cytochrome c, resulting in the cell apoptosis [130]. Oxidative
stress can disrupt the balance between ROS production and
the radical scavenging effect and lead to apoptotic cell death
through the mitochondrial apoptosis pathway. Numerous
studies of human cataractous lenses confirmed extensive
oxidative damage of mtDNA and membrane pumps of lens
cells, as well as increased unscheduled expression of genes
stimulated by excessive ROS production. mtDNA damage
and pathological gene expression are both responsible for loss
of LECs viability and their death by apoptotic and necrotic
mechanisms. LECs death by apoptosis plays key role in
the pathogenesis of noncongenital cataract development in
human [118, 134–136].

Increased accumulation of oxidized proteins, mainly
methionines and cysteine residues, also is linked to catarac-
togenesis and confirms age-related increase in rates of ROS
generation, decrease in antioxidant activity, and loss in the
capacity to degrade oxidized proteins [137]. Moreover, exces-
sive ROS production and oxidative stress lead to formation
of lipid peroxides, which contribute to pathological processes
of aging and play role in systemic (diabetes, atherosclerosis,
chronic renal failure, and inflammation) and retinal degener-
ative diseases, and they are statistically significant risk factors
for cataract development [123]. Lipid peroxides impair both
cell membrane and cytosol regions [138], damage DNA [139],
induce a drop in total glutathione and dramatic change in the
redox ratio of glutathione, and lead to the appearance of new
fluorophores and large protein aggregates with low solubility
(clouding matrix) in the lens matter [140].

6. The Role of ROS and the Oxidative Stress in
Diabetic Retinopathy

Diabetesmellitus (DM) is a chronic and progressive neurode-
generative disease, characterized by chronic hyperglycemia
and altered cellular homeostasis, which lead to the diffuse
microvascular and macrovascular damage, numerous com-
plications, and multiorgan dysfunction. During the course
of DM, every cell is exposed to the abnormally high glucose
concentrations; however, high glucose-related damage only
targets specific tissues, that is, retina, nerve tissues, and
kidney, since these tissues are deficient in the ability to
change glucose transport rates when faced with the elevated
extracellular glucose concentrations [141].

Diabetic retinopathy (DR) is a chronic and progressive
complication in the course of diabetes mellitus type 1 or type
2 and the major cause of blindness in people of working age.
It develops over approximately 10 to 25 years, and during
the first two decades of the disease, nearly all individuals
with type 1 and approximately 60% of individuals with type 2
diabetes will have some degree of retinopathy [142]. Diabetic
retinopathy is one of the microvascular diabetes complica-
tions, characterized by gradual and progressive alterations in
the retinal microvasculature with accompanying damage of
glia and neurons [143]. DR results from capillaries damage.
Capillaries are lined with endothelial cells, surrounded by
smooth muscle cells and sealed by pericytes, which provide
tone to the vessels and create a blood barrier for closed
capillaries in the retina and in the choroid. In early DR
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stage, pericyte and endothelial cells undergo accelerated
death by apoptosis, which leads to the reduction of pericyte
numbers manifested by their degeneration (ghost cells) or
loss, followed by the increased numbers of acellular-occluded
capillaries, microaneurysms, and capillary basement mem-
brane thickening. Noncapillary cells (Müller cells and other
glial cells) are also lost selectively via apoptosis. Unsealed
capillaries begin to leak plasma and erythrocytes into the sur-
rounding retinal tissue, resulting in edema and intraretinal
hemorrhages. Endothelial cells try to repair the damage by
multiplying on the inner membrane; however, it leads to the
capillaries occlusion and ischemic retina releases the growth
factors leading to the pathological angiogenesis [144]. Based
on the extent of microvascular damage, DR is classified into
either nonproliferative (mild, moderate, or preproliferative,
characterized by cotton wool spots, venous beading and
loops, blood vessel closure, tissue ischaemia, and the forma-
tion of intraretinal microvascular abnormalities) or prolifer-
ative. In proliferative DR, pathological angiogenesis is driven
by the vascular endothelial growth factor (VEGF) sourced
from retinal vascular pericytes, retinal ganglion cells, and
glia. Vision loss occurs from breakdown of the blood-retinal
barrier, resulting inmacular edema, inner retinal and vitreous
hemorrhages, and tractional retinal detachment [144].

6.1. The Interaction between Hyperglycemia, ROS Stress, and
Hyperglycemia-InducedMetabolite Pathways. Hyperglycemia
stimulates overproduction of mitochondrial ROS and gener-
ates the oxidative stress. Increased mitochondrial ROS levels
activate the poly-ADP-ribose polymerase (PARP) pathway,
which reduces glyceraldehydes 3-phosphate dehydrogenase
(GAPDH) activity. Decreased GAPDH level in turn con-
tributes to overactivation of four classic hyperglycemia-
induced metabolite mechanisms, that is, the polyol pathway,
the protein kinase C (PKC) pathway, AGEs pathway, and the
hexosamine pathway. The reduction of GADPH activity can
be prevented by MnSOD [145–147].

According to Brownlee, all four classic hyperglycemia-
induced pathways are activated by a single upstream event;
that is, the mitochondrial overproduction of ROS and all
four pathways become the source of increased ROS produc-
tion and stimulation of the oxidative stress [145, 146]. All
classic hyperglycemia-inducedmetabolitemechanisms result
in decreased NADPH levels and increased NADPH oxidase
(Nox) levels (see below). NADPH regenerate glutathione,
an important scavenger of ROS. Therefore, decreased lev-
els of NADPH are responsible for the increased ROS
accumulation and the oxidative stress damage. Moreover,
decreased NADPH levels lead to the inhibition of GAPDH,
which in turn activate four hyperglycemia-induced pathways
[145, 146]. The unifying mechanism proposed by Brownlee
interconnects increased ROS production and the oxidative
stress with four main hyperglycemia-induced processes and
explains the hyperglycemia-induced endothelial cells damage
(apoptosis) and the progression of diabetic retinopathy [145].

ROS and the oxidative stress contribute to “metabolic
memory” or “legacy effect.” It means that the diabetic
retinopathy progress, even after glycemia, has been normal-
ized and well controlled. Mitochondrial abnormalities are

irreversible, even after hyperglycemia stress is terminated
and these impaired mitochondria are source of perma-
nent ROS overproduction [145]. In laboratory conditions,
human ARPE-19 retinal cells [148] and retinal pericytes
[145] continue ROS overproduction even after the glucose
normalization. Hyperglycemia, increased ROS production,
the oxidative stress, and excessive AGE formation are causally
associated with and show linear relationship in the early
years of diabetes. ROS, which act at the mitochondrial level,
are associated with “micro” metabolic memory and form
the lowest denominator of diabetic complications. However,
persistent mtDNA damage and respiratory chain protein
glycation generate AGEs, which stimulate ROS production,
and more ROS amplified AGEs formation and such vicious
cycle acts independently of hyperglycemia level in advanced
diabetes stage. AGEs, which are result of chronic interaction
with the oxidative stress at tissue/vessel level, are associ-
ated with “macro” metabolic memory and form the bridge
between micro- and macrovascular diabetic damage [149].

Intracellular AGEs formed via nonenzymatic glycation
and glycoxidation processes [146] on short half-life proteins
lead to endothelial cells dysfunction, loss of pericytes, and
neuronal cells damage. They also reduce platelet survival,
increase platelet aggregation, promote a procoagulant state,
lead to ischemia, and induce growth factors, which stimulate
pathological angiogenesis [150]. AGEs formed on long half-
life proteins like collagen modify extracellular matrix and
cause loss of charge and structural distortions associated
with a lower integrin binding affinity, which leads to cell
detachment, basementmembrane thickening, and their resis-
tance to proteolytic digestion [151]. AGEs/RAGE pathway
increases cytosolic ROS level, activates NF-𝜅B pathway, and
increases expression of cytokine and adhesion molecule.
RAGEs activate indirectly the toll-like receptor 4 (TLR-4),
which can trigger interaction with an innate immune system
as well in type 2 diabetic patients [152].

6.2. The Influence of ROS and the Oxidative Stress on
Endothelial Cells Apoptosis in Diabetic Retinopathy. Sus-
tained hyperglycemia and increased chronic local oxidative
stress disrupt retinal metabolism and accelerate premature
endothelial cells apoptosis via mitochondrial dysfunction in
both type 1 and type 2 diabetes retinopathy. In the early
stages of diabetes, increased mtDNA biogenesis and repair
compensate the ROS-induced damage. However, while it
sustained insulting, this mechanism is overwhelmed and
both the function and structure of mtDNA are damaged
(mitochondrial electron transport chain is highly sensitive
to the oxidative stress) [153–155]. The compromised electron
transport chain propagates a vicious cycle of ROS and the
dysfunctional mitochondria fuel loss of capillary endothelial
cells by initiating their apoptosis [153–155]. Poor glycemia
control and chronically increased intracellular glucose flux
decrease retinal mtDNA copy number [156]. In diabetic
retinopathy, the mtDNA damage at the regulatory region
(the displacement loop) is considerably higher in comparison
to other mtDNA portions [156]. The enzymes important
for mtDNA repair, that is, 8-oxoguanine DNA glycosylase
(OGG1), MutY homolog, and thymine DNA glycosylase,
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become subnormal, and the transcription and replication
mechanisms including mitochondrial transcription factor A
(TFAM) and polymerase gamma (POLG) are also compro-
mised [156, 157].

In diabetic retinopathy, increasedROS expression and the
oxidative stress may induce endothelial cells senescence via
downregulation of Sirt6. Sirt6 is a nuclear chromatin-bound
protein, which regulates glucose homeostasis [158], has
antiaging and anti-inflammatory properties, and is involved
in the oxidative stress-induced endothelial cells senescence
pathomechanism [159, 160]. In Liu et al.’s study, Sirt6 protein
was markedly reduced in endothelial cells activated by H

2
O
2
,

and overexpression of Sirt6 partially reversed H
2
O
2
-induced

endothelial cells dysfunction and senescence symptoms like
decrease in endothelial cells growth, proliferation and angio-
genic ability, loss of eNOS protein, and increase in senescence
markers. According to the authors, induced by the oxidative
stress, downregulation of Sirt6 may be involved in the
pathogenesis of diabetic retinopathy [161].

6.3. The Influence of ROS on Retinal Neuronal Cells Apoptosis
in Diabetic Retinopathy. ROS not only influence retinal vas-
culature but also exert neurodegenerative impact on diabetic
retina [162, 163], which confirm results of the experimental
studies.

In the streptozotocin- (STZ-) induced type 1 diabetes
modelmouse, cross-talk betweenROS and renin-angiotensin
system led to the reduction level of synaptophysin (synaptic
vesicle protein for neurotransmitter release), most likely
through excessive protein degradation by the ubiquitin-
proteasome system. Moreover, ROS also decreased brain-
derived neurotrophic factor (BDNF), which regulates axonal
growth, synaptic activity, and neuronal survival. The damage
of synaptic transmitter and degradation of neurotrophic
factor, stimulated by the excessive ROS level, caused neu-
ronal cells apoptosis and visual impairment [162]. However,
constant lutein (antioxidant) treatment of the STZ-induced
diabetes model mice (which presented synaptophysin and
BDNF reduction caused by H

2
O
2
stimulation) suppressed

decreasing of synaptophysin protein and electroretinography
impairment and preserved neuronal cells survival [163].
Lutein is a yellow pigment, which filters the high-energy
blue light being toxic to the retina. The preventive effect
of lutein observed in the mice diabetes model occurred by
lutein antioxidative influence and the ROS reduction and not
because of the filtering light of high energy [164].

Experimental studies show that AGEs also affect ad-
versely the whole diabetic neurosensory retina. Intracellu-
lar AGEs accelerate directly neuronal cells apoptosis and
extracellular AGEs (which alter metabolism of neuroretinal
supporting cells) accelerate indirectly neuronal apoptosis
[165].Müller cells play fundamental role in retinal physiology.
However, macroglia stimulated by hyperglycemia increases
ROS production and amplifies AGEs formation and becomes
dysfunctional due to increase glial fibrillary acidic protein
(GFAP) expression, NO production, and glutamate synthesis
(as a function of glutamate transporter disruption), and
in consequence Müller cells contribute indirectly with reti-
nal neurons excitotoxicity to the diabetic retina [166]. In

connection with above Chilelli et al. suggest that diabetic
retinopathy can be a sensory neuropathy, like peripheral
diabetic neuropathy [149].

6.4. The Role of ROS in Stimulating Local Inflammation and
Pathological Angiogenesis inDiabetic Retinopathy. Theoxida-
tive stress and inflammatory processes play the important
roles in the development of microvascular lesions charac-
teristic for diabetic retinopathy. The oxidative stress regu-
lates expression of proinflammatory proteins [167, 168]. The
oxidative stress and inflammation promote endothelial cells
senescence [169] and pathological angiogenesis characteristic
for proliferative diabetic retinopathy [170].

Reactive oxygen species in the retina may stimulate
retinal angiogenesis by many molecular pathomechanisms.
ROS participate in the activation of proinflammatory NF-
𝜅B pathway, which in turn leads to the production of tumor
necrosis factor alpha (TNF-𝛼) and subsequent generation of
inflammatory and angiogenic mediators such as interleukin
6 (IL-6), interleukin 8 (IL-8), cyclooxygenase 2 (COX-
2), intercellular adhesion molecule 1 (ICAM-1), monocyte
chemoattractant protein 1 (MCP-1), and VEGF [170].

Mitochondrial derived ROS trigger pathological angio-
genesis by stabilization HIF-1𝛼 factor. Hypoxia-inducible
factor-1 (HIF-1), the main regulator of oxygen homeostasis,
consists of HIF-1𝛼 and HIF-1𝛽 subunits. Under hypoxic con-
ditions, HIF-1 activates the transcription of a broad variety
of genes, including those encoding erythropoietin, glucose
transporters, glycolytic enzymes, inducible nitric oxide syn-
thase, heme oxygenase-1, VEGF, and others, to ensure cell
survival under conditions of hypoxic stress and to restore
O
2
homeostasis [171, 172]. Under normoxic conditions, HIF-

1𝛼 is conserved by HIF prolyl hydroxylases (PHDs), which
allows them to be rapidly degraded. However, under hypoxic
conditions PHD is inhibited, since it requires oxygen for
functioning and this results in the stabilization of HIF-1𝛼.
The stabilization of HIF-1𝛼 leads to the upregulation of many
hypoxic-sensitive genes such as angiopoietin, erythropoietin,
VEGF, and stromal cell derived factor-1 (SCDF-1). All of
them exhibit angiogenic properties in the retina, resulting
in pathological angiogenesis and vascular leakage [170, 171].
ROS can directly be ligated to the active ferrous iron center of
PHDs and promote phosphorylation-dependent stabilization
of HIF-1𝛼 [170, 172], which trigger pathological angiogenesis.
Moreover, the relationships between the NF-𝜅B and HIF-
1 pathways result in the amplification of signals of both
pathways [170, 173].

ROS derived from the family of NADPH oxidase (Nox)
enzymes may also activate NF-𝜅B and HIF-1 pathways
and participate in the development of proliferative diabetic
retinopathy. The Nox family, important source of ROS pro-
duction, consists of seven isoforms named Nox1–5, Duox
(dual oxidase) 1, and Duox2 and contributes to vascular
injury. Nox1, Nox2, and Nox4 participate in pathologi-
cal angiogenesis. The RAAS (renin-angiotensin-aldosterone
system), and particularly AngII (angiotensin II), is a key
stimulator of Nox. RAAS exists in the retina and it is a
blockade of AngII and aldosterone attenuates pathological
angiogenesis of the retina. However, it is not fully recognized
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if RAAShas influence on the production of ROS derived from
Nox in diabetic retinopathy [170]. The schematic overview of
the role of ROS in the development of diabetic retinopathy is
presented in Figure 3.

ROS take part in the pathogenesis of cystoid macular
edema (CME). CME is caused by inflammatory breakdown
of blood-retinal barrier, which results in the accumulation
of fluid and protein. Edema and thickening of the macula
lead to decrease of vision acuity [174]. In Samanta et al.’s
study, both diabetic andnormal patientswith cystoidmacular
edema after uncomplicated standardized phacoemulsifica-
tion surgery exhibited significantly increased activity of ROS
determined in the serum samples, in comparison with dia-
betic and normal patients without CMO after uncomplicated
cataract surgery [175].

7. The Role of ROS in the Pathomechanism of
the Age-Related Macular Degeneration

Age-related macular degeneration (AMD) is the leading
cause of permanent, irreversible, central blindness (scotoma
in the central visual field makes impossible the following:
reading and writing, stereoscopic vision, recognition of
colours and details) in patients over the age of 50 in developed
countries. It is estimated that approximately 50 million

old people suffer from AMD worldwide [176]. The major
pathological changes associated with AMD are observed in
the functionally and anatomically related tissues including
photoreceptors, retinal pigment epithelium (RPE), Bruch’s
membrane, and choriocapillaris. Soft drusen and/or pigmen-
tary abnormalities are clinically visible symptoms of early
AMD. Late (or advanced) AMD occurs in two distinct forms.
Visual loss is caused by the “geographic atrophic” death
of photoreceptors and retinal pigment epithelium (RPE)
cells, so-called “dry-AMD,” GA/AMD, or by formation of
the choroidal neovascular membrane (CNV), as a result
of pathological angiogenesis, so-called “exudative- or wet-
AMD,” CNV/AMD [177, 178].

AMD is a complex chronic neurodegenerative and pro-
gressive disease of multifactorial etiology [179]. Advanced
age and its related physiological cell apoptosis and tissue
involution, together with genetic predisposition and epige-
netic modifications, are the strongest risk factors (epigenetics
refers to heritable changes in gene expression that do not
involve changes to the underlying DNA sequence, a change
in phenotype without a change in genotype, and are regular
and natural occurrence but can also be influenced by age,
the environment/lifestyle, and disease state). However, other
factors such as sex and environmental influences such as
smoking cigarettes, heart and vascular disorders, hyperten-
sion, dyslipidemia/hypercholesterolemia, diabetes, obesity,
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improper diet, sedentary lifestyle, and phototoxic exposure
are also important [179–181].

Excessive ROS production and accumulation together
with the oxidative stress seem to play a pivotal role in
AMD pathogenesis and RPE cells are critical site of injury
in AMD [182]. ROS levels increase in the aging retina,
although the retina and RPE cells are rich in both enzymatic
and nonenzymic antioxidants. Augmented level of ROS
and attenuated antioxidant cell defense systems lead to the
oxidative stress and result in damage of photoreceptors, RPE
cells, and choriocapillaris in apoptosis process [183, 184].

7.1. The Reasons of ROS Accumulation in Outer Part of the
Retina in the Course of AMD. The retinal tissue is abundant
in ROS, since (i) in the retina is the highest oxygen consump-
tion among all human tissues, (ii) RPE and photoreceptors
of the macula are exposed to high-energy light, (iii) the cell
membranes of photoreceptors are rich in polyunsaturated
fatty acids (PUFA), which are readily oxidized, (iv) there
are many photosensitizers in photoreceptors and RPE, and
(v) phagocytosis of photoreceptor outer segments (POS)
conducted by RPE cells is accompanied by a respiratory burst
and rapid eruption of ROS [185].

Photoreceptors are cells of high metabolic activity and
high demand for oxygen and nutrients delivered from the
blood vessels. Due to the high consumption of oxygen, their
supply in the retina is higher than in other tissues [186]. The
retina oxygen tension is 70mmHg [187]. The high partial
pressure of oxygen promotes generation of ROS in the retina
[185].

Radiation reaching the eye is partly absorbed by the
cornea and lens, whereas the rest of it (400–760 nm) pen-
etrates the eye reaching the retina. At the retina level,
exposure to visible light simulates RPE cells to phagocytosis
(ingestion). The digestion of photoreceptors’ outer segments
induces formation of superoxide anion in the RPE cells. Epi-
demiological evidences suggest a direct relationship between
phototoxicity (cumulative light exposure) and the develop-
ment of AMD and susceptibility to the blue light-mediated
damage represents one of the aspects of AMD pathogenesis
[188]. The blue portion of the visible spectrum of light
(441 nm) is dangerous for RPE cells, since it is the most ener-
getic radiation reaching the macula and because it promotes
photooxidation of lipofuscin generating the reactive pho-
toproducts including N-retinylidene-N-retinylethanolamine
(A2E), DNA oxidation, and cells apoptosis [189, 190]. Blue
light leads to disturbances of the outer blood-retinal bar-
rier and damage of POS and alterations in the RPE and
choroidal cells are similar to atrophic changes in GA/AMD
[191]. Tissues with a high tissue oxygen concentration and
a high proportion of membrane lipids are most sensitive
to the damage by increased level of ROS and the oxidative
stress [192]. Photoreceptors rich in PUFAs are particularly
vulnerable to the lipid peroxidation, since the susceptibility
of unsaturated fatty acids to oxidation increases with the
number of double bonds. The oxidation of PUFAs leads to
the development of peroxides and organic radicals [193], as
well as other products such as carboxyethylpyrrole (CEP) and
4-hydroxy-2-nonenal (4-HNE), which form adducts with

proteins and are accumulated in the outer retina and in
drusen [194]. The age-dependent susceptibility of the macula
to the lipid peroxidation and its products is connected with
the attenuation of antioxidant defense systems with aging.
Oxidation of PUFAs lasts many years and leads to the
functional and structural impairment of cellsmembranes and
finally to degeneration of photoreceptors [195]. Along with
the growth of age, oxidated PUFAs are not efficiently digested
in the lysosomes of aged RPE cells and become deposited in
the form of lipofuscin. Lipofuscin is a chromophore, serving
as the main RPE photosensitizer, which after absorbing a
high-energy photon, especially that of blue light, under-
goes a variety of photochemical reactions involving ROS
formation, which in turn evoke photochemical damage in
the retina and RPE cells [196]. A2E is a major hydrophobic
fluorophore of RPE lipofuscin, which forms through a mul-
tistep biosynthetic pathway, starting with reactions between
phosphatidylethanolamine and all-trans-retinal. Upon blue
light excitation, A2E acts as a photosensitive generator of
singlet oxygen and superoxide, which connect at the carbon-
carbon double bonds to form harmful epoxides [197, 198].
A2E-epoxides also accelerate ROS generation and initiate
RPE cells damage[199].

The retina is particularly susceptible to aging [1] and
vulnerable to the oxidative stress [4], since its two vital
components are highly metabolically active and composed
of postmitotic cells. Nondividing photoreceptors and RPE
cells are particularly prone to the accumulate mtDNA dam-
age due to their inability to reduce defective mitochondria
during mitosis. Mitochondria impairment correlates with
increased sensitivity of aging RPE cells to the oxidative
stress. Changes in mitochondrial number, size, shape, matrix
density, cristae architecture, and membrane integrity were
more distinct in RPE cells obtained from donors aged 60
and more in comparison with younger individuals. In older
donors mitochondria were more elongated, however less
numerous [200]. With age, mitochondrial dysfunctions are
associated with low ATP level, attenuated mitochondrial
membrane potential, reduced cytoplasmic Ca2+, and aug-
mentedmitochondrial Ca2+ sequestration.The decrease level
of mitochondrial superoxide dismutase, stimulated long time
by the mitochondrial oxidative stress, leads to the increase
in superoxide anion, shortening and disorganization of the
photoreceptors’ outer and inner segments, degeneration of
RPE cells, thickening of Bruch’s membrane, and finally
apoptotic cells death in AMD process [201]. The analysis
of the mitochondrial proteomics of RPE cells in advanced
stages of AMD showed that the distribution of mitochondrial
mutations is qualitatively different in AMD compared to that
in normal aging [202, 203].

Chronic low-grade inflammation [204] and hypoxia
[205] presented in the aging retina also are the source of ROS
production and accumulation.

The products of the oxidative stress trigger chronic low-
grade inflammation (pathophysiological parainflammation)
process in AMD patients. Pathophysiological parainflam-
mation process mediated by many factors and stimulated
by complement system, especially its alternative pathway,
and carried out in Bruch’s membrane leads to early and
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advanced CNV/AMD forms. Pathophysiological parainflam-
mation process is connected with the microglial activation
carried out in retinal/choroidal interface and leads to the
advanced atrophicans AMD form (GA/AMD). Moreover, it
is connected with autoantibodies and formation of immune
complexes carried out in Bruch’s membrane, which leads
to the early and advanced AMD, as well as with choroidal
macrophages infiltration, which leads to CNV/AMD [204].
ROS impair cells function not only by reacting with nucleic
acids, proteins, and lipids but also by inducing production
of proinflammatory cytokine [206] and angiogenic signals
[207].

In AMD eyes hypoxia is the result of diminished
choroidal blood circulation, which confirms measurements
of oxygen tension, perfusion pressure, and blood flow rate
[208, 209]. The inner part of the retina is better protected
from ischemic stress than the outer retina layers, which
means that photoreceptors and RPE cells are capable of
recovering after an acute hypoxic insult, however not after
chronic retinal ischemia and hypoxia, which can lead to
cell death and irreversible visual impairment [209, 210]. The
retinal blood flow is disturbed in both dry and CNV/AMD
type [208]; the reduction in choroidal perfusion has been
positively correlated with the disease progression [205].

During inflammation, hypoxia in the retinal cells may result
from increased consumption of oxygen due to the increased
metabolic activity of the inflamed retina [205].

Superoxide anions are involved in the regulation of cells
adaptation to hypoxia viaHIF-1𝛼 factor [211] and are involved
in the regulation of mitochondrial autophagy process [212,
213].

Chronic elevated ROS levels and the oxidative stress,
pathophysiological parainflammation, and long stay hypoxia
decrease the ability of RPE cells to remove damaged or
nonfunctional proteins via the lysosomal clearance system,
including macroautophagy [214]. In aged RPE cells the
substrate for autophagy is degraded by lysosomal acid hydro-
lases, including cathepsins D, B, and L, after autophagolyso-
some, and Rab7, LAMP-2A, and SNAREs proteins are critical
for the fusion of lysosome and autophagosome. Ubiquitin
(Ub), LC3II, and p62 complexed to the substrate connect
autophagy with the proteasomal clearance system [214].

A marked reduction of macroautophagic activity with
aging has been associated with an increase in chaperone-
mediated autophagy [215]. Experimental studies confirm
that ROS also take part in microautophagy and disturb
endothelial reticulum (ER) in AMD process. Human RPE
cells exhibited in vitro ROS accumulation and subsequent
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elevation of GRP78 and CHOP expression (indicators of
ER stress) after A2E and blue light-induced damage. More-
over, N-acetylcysteine (NAC), ROS scavenger, diminished
expression protein of ER stress [216]. In another study, t-
butylhydroperoxide induced the oxidative stress which led
also to the accumulation of ROS in the internal space (lumen)
of the endoplasmic reticulum and disturbed ER homeostasis
in RPE cells [217].

According to Blasiak et al., triplet consists of the oxidative
stress, hypoxia, and autophagy which play an important role
in CNV/AMD pathogenesis [214]. Pathological angiogene-
sis in AMD is connected with the activity of VEGF and
angiopoietin-1 (and its receptor) [218]. Two proteins, that is,
platelet endothelial cell adhesion molecule (PECAM-1) and
thrombospondin-1 (TSP-1), act as linkage molecules, which
have a reciprocal relationship with autophagy and angio-
genesis mediated by angiopoietin 1 [214]. TSP-1, a common
denominator between autophagy, angiogenesis, and AMD,
acts as antiangiogenic molecule (and a target for antineovas-
cular therapy). Impaired expression of thrombospondin-1 in
Bruch’s membrane and choroidal vessels was shown in the
rodent eyes with age-related macular degeneration [219].The
schematic overview of the role of ROS in the development of
early and advanced AMD is presented in Figure 4.

8. Conclusions

Excessive production of the reactive oxygen species and the
oxidative stress play important role in the pathogenesis of
many age-related ocular diseases and other pathologies of the
anterior and posterior eye segment in adults.

ROS stimulate cells’ death via apoptosis process, partici-
pate in the activation of proinflammatory and proangiogenic
pathways, and are associated with the autophagy process.
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Higher temperatures lead to an increase of testicularmetabolism that results in spermatic damage.Oxidative stress is themain factor
responsible for testicular damage caused by heat stress.The aimof this studywas to evaluate lasting effects of heat stress on ejaculated
sperm and immediate or long-term effects of heat stress on epididymal sperm.We observed decrease in motility and mass motility
of ejaculated sperm, as well as an increase in the percentages of sperm showing major and minor defects, damaged plasma and
acrosomemembranes, and a decrease in the percentage of spermwith highmitochondrial membrane potential in the treated group
until one spermatic cycle. An increased enzymatic activity of glutathione peroxidase and an increase of stressed cells were observed
in ejaculated sperm of the treated group. A decrease in the percentage of epididymal sperm with high mitochondrial membrane
potential was observed in the treated group. However, when comparing immediate and long-term effects, we observed an increase
in the percentage of sperm with low mitochondrial membrane potential. In conclusion, testicular heat stress induced oxidative
stress that led to rescuable alterations after one spermatic cycle in ejaculated sperm and also after 30 days in epididymal sperm.

1. Introduction

The testicle is the organ of themale reproductive tract respon-
sible for spermatogenesis. Inmammals, the testis temperature
must range from 2 to 8∘C below body temperature to ensure
successful spermatogenesis [1]. The lower temperature is
maintained by a cooling system comprising the scrotum,
pampiniform plexus, and muscles [1]. Higher temperatures
would lead to an increase of testicular metabolism without
a corresponding increase in blood supply, resulting in local
hypoxia and deleterious effects for the tissue [2, 3]. Moreover,
similar to organ transplantation procedures, a phenomenon
known as hypoxia-reperfusion injury may occur [3, 4]. In
this condition, the oxidative imbalance may occur after
the reestablishment of the normal temperature and tissue
reperfusion. This situation has been described in studies

where suppression of testicular function under heat stress led
to a decrease in fertility in ruminants [5, 6], murine [7], and
human affected by varicocele [8]. These studies concluded
that oxidative stress is themain factor responsible for damage
caused by heat stress.

Oxidative stress is defined as the damage caused
to biomolecules by the imbalance between prooxidative
molecules overlapping antioxidative molecules [9]. The
increase in reactive oxygen species (ROS) or decrease in
antioxidant levels could happen after heat stress; however, the
exact mechanism is still unknown. The use of experimental
models is important due to obvious impossibility of human
experimentation. In this context, the ram would be an
interesting model based on the ease of maintenance and
genetic proximity with human [10].
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Spermatozoa are very sensitive to oxidative damage due
to the high levels of polyunsaturated fatty acids (PUFAs) in
the plasma membrane [11]. In addition, the reduced cyto-
plasm limits the intracellular antioxidant levels [11]. Structure
and function of the spermmembrane are affected by oxidative
stress and this compromises fertilization [12]. For instance,
loss of membrane fluidity causes a decrease in spermmotility
and impairs sperm-oocyte fusion [13, 14]. ROS not only
affect the sperm membrane, as high levels in seminal plasma
were negatively correlated with spermmotility and positively
correlated with the incidence of sperm DNA fragmentation
in infertile men [15]. Ram spermatozoa produce high levels
of hydrogen peroxide, especially due to high amounts of
polyunsaturated/saturated fatty acids and low proportions
of cholesterol/phospholipids in the plasma membrane when
comparedwith other species [16].These ratios are responsible
for an increased susceptibility to oxidative damage in the
presence of ROS, and subsequent loss of membrane and
acrosome integrity [16].

A variety of enzymatic and nonenzymatic antioxidants
present in the plasma allows neutralization of ROS. Indeed,
studies on lipid peroxidation and antioxidant enzymes in
fertile and infertilemenhave shown an increase in superoxide
dismutase (SOD) activity [17]. The epididymis is an impor-
tant source for the antioxidant content in the seminal plasma,
protecting sperm cell from oxidative damage during storage
[18]. In this context, the study of the antioxidant activity in
the epididymal environment could bring information about
protection mechanisms after oxidative stress induced by heat
stress. The relationship between spermatic attributes and
the antioxidant activity present in the seminal plasma or in
the sperm cell under oxidative stress conditions is poorly
described in ovine.

The antioxidant response to a stressful event may involve
an immediate response in cases of acute situations, accom-
plished mainly by protein activation. On the other hand, a
long-term response is also important, which would require
gene activation and translation of new proteins [19, 20].
Little is known about the contribution of the epididymis
to the maintenance of oxidative balance in immediate or
long-term response to stressful conditions. The dynamics
of antioxidant responses are critical during spermatogenesis
once it is a cyclical and continuous event. Therefore, when
considering the testicular and epididymal environments,
the longitudinal effect of this oxidative balance must be
performed considering the sperm cycle.

In this context, the aim of this study was to evaluate how
heat stress, induced by ram testicular insulation, affects sperm
profile and the enzymatic antioxidant activity in ejaculated
sperm during consecutive weeks or in epididymal sperm
immediately after insulation or in a long-term response.

2. Material and Methods

Unless otherwise indicated, all chemicals were obtained
from Sigma Chemicals (St. Louis, MO). All experiments
were performed using fresh ram semen collected using an
artificial vagina. Semen collections were performed weekly,
during nine weeks, from twelve mature (8 months old) Santa

Ines rams. Animals belonged to the Department of Animal
Reproduction of the School of Veterinary Medicine and
Animal Science from theUniversity of Sao Paulo.The animals
were submitted to uniform nutritional conditions, and the
experiments were approved by the Bioethics Committee of
the School of Veterinary Medicine and Animal Sciences,
University of Sao Paulo (protocol number 2445-2011).

2.1. Reagents and Solutions. All chemical reagents and solu-
tions used in this study were purchased from Sigma-Aldrich
(St. Louis, MO, EUA) unless otherwise stated.

2.2. Experiment 1: Lasting Effects of Heat Stress on Sperm Pro-
file and Oxidative Status on Ejaculated Sperm. The animals
were randomly divided into two groups: animals undergoing
testicular insulation (treated, 𝑛 = 6) and control group
(𝑛 = 6). An insulating bag was placed in the testicles of
animals from the treated group to induce heat stress effects
on spermatogenesis. The bags were kept for 288 consecutive
hours, and during this period the internal temperature of
each bag and environmental temperature were monitored
using a digital thermometer. After the removal of the bags,
semen was collected weekly, during 9 weeks.

2.2.1. Immediate and Morphological Sperm Evaluations. The
following evaluations were immediately performed: seminal
volume (mL), motility (%), and mass motility (0–5). Sperm
concentration count was performed using a hemocytometer.
Spermmorphological abnormalities were assessed in a phase
contrast microscope at 1000x magnification under oil using
10 𝜇L of fresh semen fixed in 1mL of buffered formalin
(Phosphate-Buffered Saline, PBS, Gibco, Life Technologies,
Carlsbad, USA, with 2% of formalin 37%). Sperm abnor-
malities were quantified and classified into major and minor
defects, and the sum of defects was considered as total defects
[21].

A total of 200 cells per sample were evaluated.

2.2.2. Flow Cytometry (Plasma and Acrosome Membranes
Integrity, Mitochondrial Membrane Potential, and Oxida-
tive Status). Plasma membrane and acrosome integrities
were evaluated by propidium iodide (PI) and fluorescein
isothiocyanate-conjugated Pisum sativum agglutinin (FITC-
PSA), respectively.The association of these fluorescent probes
divides spermpopulations into four groups: intactmembrane
and intact acrosome (IMIA), intact membrane and damaged
acrosome (IMDA), damaged membrane and intact acro-
some (DMIA), and damaged membrane and damaged acro-
some (DMDA). The procedure was performed with 200,000
cells diluted in SP-Talp [Modified Tyrode’s Albumin Lac-
tate Pyruvate (NaCL 0.1M, KCl 0.003M, MgCl

2
0.0004M,

NaH
2
PO
4
0.0003M, NaHCO

3
0.025M, CaCl

2
H
2
O 0.003M,

Ácido Lático Syr 0.3% v/v, Hepes 0.01M, pH 7.4, and
Osm 295–300)] and stained for 5 minutes with 0.5mg/mL
PI and 100 𝜇g/mL FITC-PSA. Samples were analyzed by
flow cytometry, using a 488 nm excitation laser and emis-
sion was detected at 630–650 nm (PI) and 515–530 nm
(FITC). Mitochondrial membrane potential was evaluated
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using JC-1 probe (5,5,6,6-tetrachloro-1,1,3,3-tetraethyl-
benzimidazolylcarbocyanine chloride, Invitrogen, Eugene,
OR, USA). This probe emits green fluorescent light from
cells with low (LMM) and medium (MMM) mitochondrial
potential or red-orange fluorescent from cells with highmito-
chondrial potential (HMP). The procedure was performed
with 200,000 cells diluted in SP-Talp and stainedwith 76.5𝜇M
JC-1 for 5 minutes. Samples were analyzed by flow cytometry,
excited at 488 nm, and detected at 590 nm. Sperm oxidative
stress was assessed using fluorescent probe dichlorofluores-
cein (2,7-dichlorofluorescein diacetate, DCF). DCF emits
fluorescence when in contact with free radicals [14, 22, 23].
Evaluations were performed by flow cytometry. In brief,
approximately 4,000 spermatozoa were resuspended in 1 𝜇L
of TALP medium and incubated with 3.5 𝜇L of 1mM flu-
orescent probe DCF for 5 minutes. Propidium iodide (PI;
0.5mg/mL, 0.5 𝜇L) was added simultaneously to identify and
exclude cells with damagedmembrane, as this condition does
not allow proper function of DCF stain. Flow cytometer
analysis was performed as described above using the 525 nm
detector (green fluorescence). The same protocol was per-
formed in Experiment 2.

Flow cytometry analysis of sperm samples was per-
formed using Guava EasyCyte Mini System (Guava Tech-
nologies, Hayward, CA, USA). A total of 10,000 events per
sample were analyzed and data corresponding to yellow
(PM1 photodetector—583 nm), red (PM2 photodetector—
680 nm), and green (PM3 photodetector—525 nm) fluores-
cent signals were recorded after a logarithmic amplification.
For analysis, cell doublets and debris were excluded using
PM3/FSC (forward scatter). All data was analyzed by FlowJo
version 8.7 software.

2.2.3. Seminal Plasma Enzymatic Activity. Seminal plasma
was obtained by centrifuging 500𝜇L of fresh semen at 5∘C
for 10 minutes at 660 g. The supernatant was recovered and
stored at −20∘C for further analysis. Measurements were
performed based on the rate of substrate consumption in
reactions catalyzed by each antioxidant enzyme in a given
time interval using a spectrophotometer (Evolution 300
UV-Vis, Thermo Scientific, Waltham, MA, USA). Activi-
ties of superoxide dismutase (SOD), glutathione peroxidase
(GPx), and glutathione reductase (GRD) were determined
as described previously [24]. In addition, catalase activity
was determined by evaluating the consumption of hydrogen
peroxide for 3minutes at 242 nm, and the 18.6× 103 cm−1M−1
molar extinction coefficient was used.

2.2.4. Quantification of Antioxidant Enzymes. We used SDS-
polyacrylamide gel electrophoresis and western blotting to
quantify the levels of antioxidant enzymes in the seminal
plasma. Total protein concentration (Protein Assay, Bio-Rad,
Hercules, CA, USA) in seminal plasma was determined by
the Bradford method [25]. Then, 20mg of protein was mixed
with 5𝜇Lof loading buffer (0.045MTris/HCl, 0.8mMEDTA,
3% SDS 10% glycerol, 5%𝛽-mercaptoethanol, and 0.004%
bromophenol blue) and loaded into wells. Proteins were
separated by dimension on 12% polyacrylamide gel (v/v)
by standard SDS-PAGE using a Mini Protean III System

(Bio-Rad, Hercules, CA, USA). A mixture of prestained
protein standardswas used asmarker, withmolecularweights
ranging from 10 to 250 kDa (Bio-Rad, Hercules, CA, USA).
Electrophoresis was performed for 90 minutes at 130V at
4∘C. Subsequently, proteins were blotted onto polyvinylidene
difluoride (PVDF) membranes using the Trans-Blot Turbo
for 10 minutes at 2.5 A, 25V (Bio-Rad, Hercules, CA, USA).
After air-drying the membrane, blocking of nonspecific sites
was performed with 5% BSA in PBS for 2 hours. Membranes
were incubated overnight at 4∘C with primary antibodies;
anticatalase (SC 50508, H-300, Santa Cruz Biotechnology,
Dallas, Texas, USA), anti-SOD (SOD-3, SC 67088, H-90,
Santa Cruz Biotechnology), anti-GPx (GPx-5, SC 50498,
H-45, Santa Cruz Biotechnology), and anti-GRD (antiglu-
tathione reductase antibody ab84963, Abcam, Cambridge,
Fl, UK) diluted in 1/1000 PBS-Tween with 1% BSA. After
3 washes every 5 minutes, membranes were incubated with
FITC conjugated secondary donkey anti-rabbit antibody (Li-
COR Biotechnology, Bad Homburg, Germany, 1/15000 in
PBS-Tweenwith 1%BSA) for 75minutes at room temperature
and protected from light. Quantifications of signal inten-
sities and areas of bands were performed by scanning the
membranes using Odyssey CLX (Li-Cor Biotechnology, Bad
Homburg, Germany). Results were expressed considering the
relationship between signal (pixel) and band area.

2.2.5. Measurement of Seminal Plasma (Spontaneous) and
Sperm (Induced) Thiobarbituric Acid Reactive Substances
(TBARS). This technique is based on methodology pre-
viously described by Ohkawa et al. [26], in which two
thiobarbituric acid molecules reacted with one molecule of
malondialdehyde, producing a pink color complex, which
was measured spectrophotometrically at 532 nm. This reac-
tion occurs between 90 and 100∘C at an acidic pH. For the
determination of spontaneous TBARS in seminal plasma,
aliquots of 300 𝜇L of fresh semen associated with 600𝜇L
of 10% trichloroacetic acid solution were centrifuged at
5∘C, 16,000 g, for 10 minutes to precipitate the proteins.
After precipitation of proteins, approximately 700 𝜇L of the
supernatant was frozen at −20∘C for further analysis. For
quantification of induced TBARS, about 1 million sperm
diluted in 200 𝜇L of PBSwere incubatedwith 4mMof ferrous
sulfate (50 𝜇L) and 20mM ascorbate (50 𝜇L) at 37∘C for 1.5
hours, as described by Simões et al. [27]. Immediately after
ROS induction, 600𝜇L of 10% (v/v) trichloroacetic was added
to the mixture (2 : 1) in order to precipitate proteins and
cellular debris. Samples were centrifuged (16,000 g, for 10
minutes) and the supernatant was recovered (500 𝜇L) and
stored (−20∘C). TBARS seminal and sperm samples were
thawed and incubated with 500 𝜇L of a 1% thiobarbituric
acid solution (in NaOH 0.05M) for 10 minutes at 90–100∘C.
Reaction was stopped by placing samples on ice. Levels of
TBARS were assessed using a spectrophotometer at 532 nm.
Results were compared to a standard curve previously pre-
pared with malondialdehyde. Malondialdehyde is the major
substance that reacts with thiobarbituric acid, and the TBARS
concentration was determined using the value of 1.56 ×
105M−1× mL−1 as the malondialdehyde molar extinction
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coefficient. Lipid peroxidation in semen is expressed in
TBARS/mL nanograms of seminal plasma (spontaneous) or
for each 106 sperm (induced). The same protocol for induced
TBARS was performed in Experiment 2.

2.3. Experiment 2: Study of Immediate and Long-Term Effects
of Heat Stress on Epididymal Sperm. The same animals
distributed in the same experimental groups were subjected
to a second period of testicular insulation, which lasted 10
days (240 hours). This was performed 60 days after the end
of the first experiment when the sperm profile returned to
results similar to those observed in the beginning of the first
experiment. The early and the late effect of heat stress on
epididymal sperm were evaluated in this study. Thus, each
animal was subjected to two unilateral orchiectomies: the first
one 24 hours after the removal of insulation bag (D0) and the
second one in 30 days after the first orchiectomy (D30).

2.3.1. Epididymis Sperm Collection. After surgery, epididym-
ides were immediately taken to the laboratory and washed in
saline solution at 37∘C. To collect epididymis semen samples,
small incisions were performed with a scalpel blade in the
epididymis tail, and pressure was applied on its base using
hemostats and sperm collected with the aid of automatic
pipette [28]. Sperm were resuspended in PBS for sperm
concentration assessment.

2.3.2. Computer Assisted Sperm Analysis (CASA) System.
Motility parameters of epididymis semen were performed by
ComputerAssisted SpermAnalysis System (CASA,Hamilton
Thorne IVOS). The chambers (Standard Count 4-chamber
slide, 20 microns, Leja), heated at 37∘C, were filled with 6 𝜇L
of sample (approximately 5 × 107 cells/mL), and 5 fields were
selected for the analysis, inwhich approximately 1× 106 sperm
cells were analyzed. The setup used was as follows: image
capture: frames per sec = 60Hz, and number of frames = 45;
cell detection: minimum contrast = 70, minimum cell size =
5 pix; defaults: cell size = 10 pix, cell intensity = 80; progressive
cells: path velocity (VAP) = 50𝜇/s, straightness (STR) = 80%;
slow cells: VAP cutoff = 20𝜇/s, VSL cutoff = 5 𝜇/s; static
intensity gates = minimum 0.20 and maximum 1.92; static
intensity gates = minimum 0.60 and maximum 4.32; and
static elongation gates = minimum 7 and maximum 91. The
following parameters were evaluated: mean average velocity
(VAP, 𝜇m/s), curvilinear velocity (VCL, 𝜇m/s), straight-
line velocity (VSL, 𝜇m/s), linearity coefficient (LIN, %),
straightness coefficient (STR, %), amplitude of lateral head
displacement (ALH, 𝜇m), beating cross frequency (BCF, Hz),
total (%) and progressive (%) motility, and percentage of cells
with fast, medium, slow, and static movement.

2.3.3. Epididymal SpermEnzymatic Activity. After extraction,
epididymal sperm were diluted in BotuBov (Botupharma
Animal Biotechnology, Botucatu-SP, Brazil) and frozen at
−196∘C. Standard freezing curve was performed (37∘C to
5∘C in 2 hours with a decrease of −0.25∘C/min; 3 hours
and 45 minutes in balance time, −20∘C with a decrease of

−5∘C/min, −196∘C with a decrease of 125∘C/min). Straws
were thawed at 37∘C (90 seconds) and removal of the diluent
was performed by addition of 1mL of semen diluted in
SP-Talp (750 𝜇L of semen in 3mL of SP-Talp) carefully on
7.5mL of sucrose solution (0.9% NaCl, 7.5% sucrose, and
0.18% glucose). After two centrifugations (200 g/5 minutes
and 900 g/10min), the supernatant was discarded and 1mL
of the sediment was incubated with 200𝜇L 4% Triton
during 30 minutes in water bath with agitation. Samples
were centrifuged (600 g/8 minutes), and the supernatant
was removed and stored at −20∘C for further analysis.
Quantification of intracellular antioxidant activity of SOD
and GPx enzymes was performed according to Nichi et al.
[5]. SOD activity was measured indirectly by reduction of
cytochrome c by superoxide (O

2

−) generated by xanthine
oxidase/xanthine system. The SOD present in the sample
competes with cytochrome c by converting superoxide into
hydrogen peroxide. We observed absorbance for 5 min-
utes in spectrophotometer at 470 nm at 25∘C. Enzymatic
activity of GPx was based on the consumption of NADPH
by GSSH conversion into GSH. A reaction was induced
between hydrogen peroxide and reduced glutathione (GSH),
catalyzed by GPx and the enzyme glutathione reductase
(GSR). NADPH consumption was detected at a wave-
length of 340 nm, for 10 minutes at 37∘C (measurements
at every 5 seconds). SOD and GPx activity results were
expressed in IU/106 sperm. Molar attenuation coefficient of
NADPH (6.22mM−1 cm−1) was used for determination of
values.

3. Statistical Analysis

Thedependent variables were analyzed by Statistical Analysis
System 9.3 (SAS Institute, Cary, NC). All data were tested for
normality of residues and homogeneity of variance. Variables
that did not comply with these statistical premises were
subjected to transformations. In Experiment 1, the MIXED
procedure was used for analysis of variance with repeated
measures over time. Comparisons of means were performed
using least square means (LS means) for different dependent
variables and for each condition of the statistical model
(treatment, week, and treatment × week). For nonparametric
data, we used nonparametric analysis of variance (Kruskal
Wallis, through NPAR1WAY procedure), and for comparison
of means we used comparison between two groups at a time
(Wilcoxon). The parametric results are presented as mean
± standard error. The nonparametric results are presented
as median (low quartile, high quartile). In Experiment 2,
the analysis of variance was carried using GLM proce-
dure considering the 2 × 2 factorial. Factors considered
treatment effect (treated group versus control group), and
immediate and long-term effect of the damage induced by
heat stress (first and second unilateral orchiectomies), with
subsequent comparison of means by the LSD method. A
5% significance level was used to reject the hypothesis of
nullity.



Oxidative Medicine and Cellular Longevity 5

1 2 3 4 5 6 7 8 9
Weeks

Control
Treated

50

60

70

80

90

100

M
ot

ili
ty

 o
f e

ja
cu

lat
ed

 sp
er

m
 (%

)

∗

∗
∗ ∗ ∗

(a)

1 2 3 4 5 6 7 8 9
Weeks

Control
Treated

2

2.5

3

3.5

4

4.5

5
∗

∗
∗

∗

∗

0–5

M
as

s m
ot

iit
y 

of
 ej

ac
ul

at
ed

 sp
er

m
 (0

–5
)

(b)

Figure 1: Comparison of motility (a) and mass motility (b) of ejaculated sperm considering the interaction effect between treatment and
week in rams submitted or not to heat stress.The results are presented as means ± SEM. Asterisk represents significant differences (𝑝 < 0.05).

4. Results

4.1. Experiment 1

4.1.1. Testicular and Environment Temperature. The mean
internal temperature was 33.29∘C ± 0.34 for treated and
28.05∘C ± 1.30 for control group. The mean environment
temperature and relative humidity in this period were 17.01∘C
± 0.52 and 78.08%± 0.73, respectively.

4.1.2. Immediate Evaluation and Sperm Morphology. An
interaction between treatment and week of sample collec-
tion was observed for the variables motility (𝑝 = 0.007,
Figure 1(a)), mass motility (𝑝 = 0.0001, Figure 1(b)), and
percentage of sperm with minor defects (𝑝 < 0.05).
Considering motility and mass motility, a decrease in the
percentage of mobile cells was verified in the treated group
until the fifth experimental week (Figures 1(a) and 1(b)), one
spermatic cycle. From the sixth week onwards, differences
between groups were no longer observed, whichmay indicate
a recovery response to heat stress. In regard to minor defects,
the treated group presented higher percentages of defects
when compared to the control group in the fourth experi-
mental week (Figure 2). In regard to sperm major defects, a
treatment effect was observed, as a significant increase in the
number of defects was detected in the treated group [2.5 (1.5;
4.5)] when compared to the control [2 (1.5; 3)]. Media values,
standard errors, and 𝑝 values of all variable measured to
immediate evaluation and sperm morphology for treatment,
week, and interaction effect are present in Supplementary
Material (see Tables S1, S2, and S3 in SupplementaryMaterial
available online at http://dx.doi.org/10.1155/2016/1687657).

4.1.3. Evaluation of Plasma and Acrosome Membranes
Integrity,MitochondrialMembrane Potential, and Intracellular
Marking of Free Radicals in Sperm. An interaction between
treatment and week of sample collection was observed in
the percentage of IMIA (𝑝 = 0.028, Figure 3(a)) and DMDA
(𝑝 < 0.05, Figure 3(b)). The treated group presented an

increase in the percentage of DMDA sperm compared with
control group during the first sixth experimental weeks. We
also verified a reduction in the percentage of IMIA sperm
in the treated group too in the same experimental weeks.
Considering the percentage of sperm only with acrosome
damage (IMDA), treatment effects and interactions were
not observed, while effect of time was present (weeks,
Table S2). It is noteworthy that this IMDA percentage
was higher in the seventh week when compared to the
other weeks. Concerning the percentage of sperm only
with membrane damage (DMIA, Table S2), interaction and
treatment effects were not observed, while effect of time was
present when the treated group presented higher percentages
at the sixth week when compared to others. In regard to
mitochondrial membrane potential, an interaction was
observed. Treated group showed lower percentages of cells
with high mitochondrial membrane potential at weeks 3 and
6 when compared to control (Figures 4(a) and 4(b)). An
increase in the percentage of cells displaying oxidative stress
(stained by dichlorofluorescein) was observed in the treated
group when compared to the control group (5.60 ± 2.09
versus 3.35 ± 0.6, resp., Figure 5). Media values, standard
errors, and 𝑝 values of all variables measured to plasma and
acrosome membranes integrity, mitochondrial membrane
potential, and intracellular marking of free radicals in semen
sperm for treatment, week, and interaction effect are present
in Supplementary Material (Tables S1, S2, and S3).

4.1.4. Enzymatic Activity andWestern-Blot in Seminal Plasma.
We observed one protein band of 23 kDa and one between
50 and 75 kDa (Figure 6(a)) corresponding to GPxBI and
GPxBS, respectively [29, 30]. GDR exhibited one strong
protein band of 56 kDa (Figure 6(b)), catalase showed one
protein band of 64 kDa (Figure 6(c)), and SOD presented
one protein band of 70 kDa (Figure 6(d)). An increase in
the enzymatic activity of GPx and GRD was detected in
the treated group when compared to the control (GPx:
0.00120±0.000069UI/mL versus 0.00096±0.000070UI/mL,
Figure 7(a); GRD: 0.000081 ± 0.0000048UI/mL versus
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Figure 4: Percentages of cells with high mitochondrial membrane potential of ejaculated sperm considering the interaction effect between
treatment and week in rams submitted or not to heat stress. (a) Boxplot presented as median (superior quartile, inferior quartile). (b) Data
presented as mean. Asterisk represents significant differences (𝑝 < 0.05). T: treated, C: control.



Oxidative Medicine and Cellular Longevity 7

Control Treated

A

B

St
re

ss
ed

 ce
lls

 (s
ta

in
ed

 b
y 

D
CF

)
0
1
2
3
4
5
6
7
8
9

of
 ej

ac
ul

at
ed

 sp
er

m
 (%

)
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Figure 6: Immunoblotting detection of glutathione peroxidase, GPx (a), glutathione reductase, GDR (b), catalase (c), and superoxide
dismutase, SOD (d), in seminal plasma of ejaculated sperm in rams submitted or not to heat stress.

0.000043 ± 0.00000221UI/mL, Figure 7(b)). No differences
were observed between SOD and catalase enzymatic activi-
ties. Quantification of enzymes through western blotting did
not allow observation of interaction or treatment effects for
GPx, GRD, SOD, and catalase. We observed an effect of time
when quantifying GPx (GPxBI 𝑝 = 0.003, GPxBS 𝑝 = 0.002)
and catalase (𝑝 < 0.001) (Table S2). Media values, standard
errors, and 𝑝 values of all variables measured to enzymatic
activity and western-blot in seminal plasma for treatment,
week, and interaction effect are present in Supplementary
Material (Tables S1, S2, and S3).

4.1.5. Lipid Peroxidation in Seminal Plasma and Sperm. No
differences onTBARS levels in seminal plasmawere observed
between treated and control groups. However, an effect of

week for quantification of TBARS in sperm cell (𝑝 < 0.0001)
and seminal plasma (𝑝 < 0.0001) was observed (Table S2).
Media values, standard errors, and 𝑝 values of all variables
measured to enzymatic activity and western-blot in seminal
plasma for treatment, week, and interaction effect are present
in Supplementary Material (Tables S1, S2, and S3).

4.2. Experiment 2

4.2.1. Computerized Motility Analysis. No differences in any
of the CASA parameters measured were observed between
treatments or in immediate and long-term effects of heat
stress in the testicle (treatment, week, and interaction effect
are present in SupplementaryMaterial, Tables S4, S5, and S6).
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Figure 7: Comparison of enzymatic activity of glutathione peroxidase, GPx (a), and glutathione reductase, GDR (b), in seminal plasma
of ejaculated sperm considering the treatment effect between treated and control group in rams submitted or not to heat stress. Graphic
presented as means ± SEM. Different superscript letters in each bar represent significant differences (𝑝 < 0.05).

4.2.2. Evaluation of Plasma and Acrosomal Membranes
Integrity,MitochondrialMembrane Potential, and Intracellular
Marking of Free Radicals in the Epididymal Sperm. No differ-
ences were observed between groups and between immediate
and long-term effects of heat stress on epididymal sperm in
any categories of plasma and acrosome membranes integrity
(treatment, week, and interaction effect are present in Sup-
plementary Material, Tables S4, S5, and S6). Nonetheless,
the treated group displayed a decrease in the percentage
of cells with high mitochondrial membrane potential (61 ±
5.62% versus 78.39 ± 2.29%, Figure 8(a)). Furthermore, the
treated group presented an increase in the percentage of
cells with intermediary (29.96 ± 4.71% versus 18.41 ± 1.45%,
Figure 8(b)) and low (9.04 ± 2.06% versus 4.15 ± 1.35%,
Figure 8(c)) mitochondrial membrane potential, when com-
pared to the control. No differences were observed between
immediate and long-term effects of heat stress in high and
intermediate mitochondrial membrane potential categories.
We observed a decrease in low mitochondrial membrane
potential in epididymal sperm considering the long-term
response compared to immediate response to heat stress
(2.75 ± 1.16% versus 10.44 ± 176%). Considering oxidative
stress, there was an increase in the percentage of cells positive
for DCF staining in the treated group when compared to the
control (2.27 ± 0.56% versus 1.10 ± 0.33%, Figure 8(d)). No
differences were observed between immediate and long-term
effects of heat stress in stressed cells stained by DCF.

4.2.3. Intracellular Enzymatic Activity and Lipid Peroxidation
in Epididymal Sperm. No differences were observed between
groups and between immediate and long-term effects of
heat stress considering GPx and SOD activity in epididymal
sperm (treatment, week, and interaction effect are present in
Supplementary Material, Tables S4, S5, and S6). Regarding
lipid peroxidation, no differences were observed between
groups (control versus treated), and between immediate
and long-term effects of heat stress (treatment, week, and
interaction effect are present in Supplementary Material,
Tables S4, S5, and S6) when considering TBARS.

5. Discussion

Heat stress has been related to decrease in sperm motility,
concentration, and viability in mice [31], bull [5, 32–34],
men [35], and ram [36, 37]. In our study, we observed a
decrease in motility, vigor, and mass motility and an increase
in the percentage of cells with major and minor defects up
to the fifth experimental week. Similar results were observed
when rams were submitted to heat stress for 14 or 28 days
[38, 39]. Also, in the present study, acrosome and plasma
membrane damage were observed in the sperm from the
ejaculate after induced heat stress. In this case, the heat stress
impaired sperm quality for approximately 1 sperm cycle (47
days). From the sixth experimental week onwards, no more
differences were observed between groups for these variables,
indicating a recovery of damage possibly caused by heat
stress.

Lipids such as PUFAs are the most susceptible molecules
to peroxidation in the sperm plasma membrane [40]. Per-
oxidation of PUFAs has been associated as the main cause
of decrease in sperm motility due to the increase of ROS
concentrations [41–44]. The increase of ROS has also been
associated with sperm morphological alterations and ter-
atospermia [44]. The extent of the damage depends on the
nature and quantity of ROS involved, duration of exposure,
and extracellular factors such as temperature and oxygen
tension [40]. In our study, despite differences observed in
sperm from the ejaculate, no differences were observed in
epididymal sperm after the second testicular insulation. It is
possible that cells susceptible to ROS damagewere eliminated
after the stress from the first insulation (Experiment 1), while
cells more resistant to heat stress remained in the second
induction (Experiment 2). These cells seem to have passed
undamaged, with no alterations in motility and plasma and
acrosome membrane integrity. Similar results were found
in studies of renal patients, where the highest degree of
apoptosis correlatedwith improved renal function sixmonths
after kidney transplant [45]. Apoptosis could be amechanism
involved in the elimination of susceptible cells [45].
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Figure 8: Comparison of percentage of high, HMMP (a), intermediary, IMMP (b), low, LMMP (c), mitochondrial membrane potential and
percentage of stressed cells (stained by dichlorofluorescein (d)) of epididymal sperm considering the treatment effect between treated and
control groups in rams submitted or not to heat stress. Graphic presented as means ± SEM. Different superscript letters in each bar represent
significant differences (𝑝 < 0.05).

In our study, heat stress treatment effectively increased
ROS levels in both experiments as observed by DCF staining
[23, 46, 47]. Furthermore, although a significant difference
cannot be verified, there was a fourfold increase (8.89±0.42%
in the treated group versus 2.05 ± 3.42% in the control
group, 𝑝 = 0.24) in cell susceptibility to oxidative stress,
quantified by inducedTBARS.This evidence corroborates the
idea that heat stress damage to the spermatic cell is mediated
by oxidative stress. Regarding oxidative status evaluations, no
difference was observed in TBARS quantification in seminal
plasma; however, an increase of enzymatic activity of GPx
and GRD was observed in the treated group when compared

to the control. Some studies have correlated increases in
GPx activity to situations in which oxidative stress is the
reason of the pathological processes, such as in women
with preeclampsia [48], patients with Down Syndrome [49],
postexercise stress [50, 51], and even infertility [52, 53]. A
study found a tenfold increase inGPx activity in infertilemen
compared to fertile ones [53], indicating that this enzyme
may serve as a marker of oxidative imbalance. The increase
of GPx activity would be a response to the increase of ROS,
in particular, hydrogen peroxide [54].

Despite the increase in the enzymatic activity of GPx
in seminal plasma, no differences were observed in the



10 Oxidative Medicine and Cellular Longevity

immunodetection. One hypothesis could be that GPx is
present in the epididymis in an inactive state, becoming active
when necessary [9]. In epididymal environment, this acti-
vation mechanism would be essential for sperm protection,
since activation of already translated antioxidant enzymes
would be faster and more effective than the synthesis of
new ones, preventing oxidation reactions faster. Supporting
this hypothesis, GPx activity was correlated with seminal
characteristics in infertile men but it was not correlated
to mRNA levels of GPx [54]. According to these authors,
there is a posttranscriptional control of GPx activity, but the
mechanisms are still unknown. Further studies are necessary
to clarify how the activation of these antioxidant enzymes
occurs in the seminal plasma. In epididymal environment,
there were no differences between groups and between
immediate and long-term responses to antioxidant enzyme
activity quantified in sperm cells.

In this work, in both sperm from the ejaculate and
epididymal sperm, there was a decrease in the percentage of
cells with high potential of mitochondrial membrane in the
treated group, when compared to the control, suggesting that
mitochondrial damage can be the source of oxidative damage.
Mitochondrial metabolism is possibly correlated to patho-
physiology of oxidative homeostasis imbalance, caused by
heat stress. Several studies have observed a clear relationship
between sperm oxidative stress and mitochondrial activity
[8, 43, 55].Mitochondria present in sperm are themain factor
responsible forATPproduction by oxidative phosphorylation
and thus are responsible for the production of ROS. Phys-
iologically, about 1% of the oxygen formed is converted to
superoxide anion, originating the building ROS chain [56,
57], which is fundamental to several physiological functions
[58]. In the case of mitochondrial damage, ROS production
may be exacerbated by the release of more prooxidative
factors [55–59]. More studies contemplating mitochondrial
fraction [60] and possible signaling pathways involved in
mitochondrial function must be conducted to clarify how
heat stress alters oxidative balance, such as cytochrome c
levels by western blotting [61], disturbances in mitochondrial
enzyme complexes (I–IV), and decrements in tricarboxylic
acid cycle enzymes [62].

One may conclude that heat stress causes alterations in
sperm during a spermatic cycle and disruption of oxidative
homeostasis, due to oxidative stress, observed by increase in
DCF staining and GPx enzymatic activity. This stress may
possibly be caused by a mitochondrial alteration, once sperm
from the ejaculate and epididymis presented a decrease in the
high potential of mitochondrial membrane when the rams
were submitted to heat stress. In addition, the epididymal
immediate and long-term response to the heat stress do seem
to be similar.
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The excessive intake of alcohol is a serious public health problem, especially given the severe damage provoked by chronic or prenatal
exposure to alcohol that affects many physiological processes, such asmemory, motor function, and cognitive abilities.This damage
is related to the ethanol oxidation in the brain. The metabolism of ethanol to acetaldehyde and then to acetate is associated with
the production of reactive oxygen species that accentuate the oxidative state of cells. This metabolism of ethanol can induce the
oxidation of the fatty acids in phospholipids, and the bioactive aldehydes produced are known to be associated with neurotoxicity
and neurodegeneration. As such, here we will review the role of lipids in the neuronal damage induced by ethanol-related oxidative
stress and the role that lipids play in the related compensatory or defense mechanisms.

1. Introduction

A clear relationship has been established between ethanol
intake, addiction and dependency [1–3], and several risk
factors for chronic disease and injury [4]. Indeed, the public
health problem associated with increased alcohol consump-
tion and alcoholism [5, 6] is becoming ever more severe
due to the increased economic burden of the complications
on the health national systems and the cost of the relevant
treatments [4, 7–10]. Alcoholism provokes high rates of
mortality and it increases in risk of several disabling disorders
[4, 11]. Such damage can be classified in function of the organs
involved (liver, kidney, heart, brain, etc.), the type of intake
(acute or chronic), or the subject’s age at the time of exposure
to ethanol (prenatal, neonatal, or adult). In summary, ethanol
has several negative health effects, especially if we consider
prenatal exposure where the brain is a major target for the
damage provoked.

2. Effects of Ethanol in the Brain

Ethanol has many effects in the brain depending on the
age of exposure (prenatal, postnatal, or adult). For example,

aggressive behavior and depression are observed after acute
postnatal exposure to ethanol, possibly due to a decrease in
circulating tryptophan, followedby the depletion of serotonin
in the brain [12, 13]. Another effect of acute postnatal
alcohol exposure is related to impaired impulsive and control
behavior [14, 15], although few in vivo studies have focused
on this issue. Cognitive performance has been associated
with specific prefrontal cortical regions in Rhesus Macaque
monkeys [11] and GABA receptors in this structure have
been implicated in the effects of acute postnatal ethanol
exposure [16–18]. Indeed, GABA was found to be a mediator
in ethanol-induced ataxia [18, 19].

The most severe alcohol-related damage is found follow-
ing acute prenatal or chronic pre- and postnatal ethanol expo-
sure, effects that have been associated with a loss of neurons
(Table 1). In terms of prenatal exposure, the babies born
to women that drink alcohol excessively during pregnancy
may suffer from fetal alcohol syndrome [20], a condition
characterized by specific craniofacial abnormalities, pre- and
postnatal growth deficiencies, and nervous system dysfunc-
tion that is manifested as persistent intellectual, behavioral,
and neurological defects [5, 21]. These latter symptoms have
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been related to neurodegeneration in experimental animal
models (see Table 1 for a summary of some of the available
literature).

Chronic alcohol exposure has been associated with per-
manent neuronal loss in brain regions like the hippocampus
and cerebellum.Moreover, in vivo studies have demonstrated
neurological effects following chronic ethanol exposure in
young and adult populations, with deterioration in memory,
motor function, cognition, and so forth. All these effects
could be due to neurotoxicity or neurodegeneration, and
there is evidence that oxidative stress associated with ethanol
metabolism is involved.

3. The Pharmacokinetics of Ethanol

The ethanol concentration that can be found in blood
following its ingestion depends on its pharmacokinetics (PK).
PK determines not only the time-course and persistence
of ethanol in blood but also the amount of alcohol and
its metabolic products that accumulate in different tissues,
and hence their pharmacological and toxicological responses
[48].

3.1. Absorption. In adults, the ethanol ingested is almost com-
pletely and instantly absorbed by passive diffusion, reaching
a peak concentration in humans between 30 and 90min.
Absorption is more efficient in the small intestine than
in stomach [49], a difference in absorption that is due to
two factors. First, the thickness of mucus that protects the
stomach appears to have a resistance ∼16 times greater than
that which protects the small intestine [49, 50], which also has
a greater intestinal absorption surface due to the presence villi
andmicrovilli [51].The second difference reflects the speed of
stirring caused by peristalsis, which is more important in the
small intestine than in the stomach, playing a role in gastric
emptying and in the intestinal transit time [49].

In addition, the presence of food is another factor that
modifies the absorption rate [52], mainly as food reduces
gastric emptying and ethanol is absorbed more slowly [53].
Solid food intake can reduce the ethanol absorption rate by
30% and it has been suggested that this effect is due to the
need for food digestion prior to absorption process. As such,
if food is taken in as a liquid then it would not produce
this effect [49, 54]. Moreover, a small amount of ethanol
can be oxidized to acetaldehyde by alcohol dehydrogenase
(ADH) classes I and IV [52, 55] in the stomach and intestine.
This acetaldehyde can be absorbed along with ethanol and
metabolized by the liver or other tissues.

3.2. First Pass Metabolism and the Distribution of Ethanol.
The amount of alcohol in any given tissue depends on its
relative concentration in the blood, which is a function of first
pass metabolism [49], that is, the oxidation of ethanol in the
stomach, intestine, and liver.

Most first pass metabolism occurs in the liver [49, 55]
and the rate-limiting step is the oxidation of ethanol to
acetaldehyde. This reaction is catalyzed by proteins of the
ADH family [56], of which class I (ADH1) and III (ADH3)
enzymes metabolize ethanol in the liver [57, 58]. These two

types of enzymes differ in their Km, with ADH1 having a low
Km while ADH3 has a high Km value [57, 59]. Consequently
ADH3 plays a more important role in the metabolism of
alcohol at high concentrations. In addition, microsomal
ethanol oxidizing system (MEOS) and catalase contribute to
the metabolism of alcohol in specific circumstances, such as
high ethanol concentrations [48, 60].

The acetaldehyde produced by the oxidation of ethanol is
thereafter transformed to acetate by aldehyde dehydrogenase
(ALDH) [61], which can be further metabolized through
the tricarboxylic acid cycle to generate energy, or these
metabolites can be deposited in the plasma [62, 63]. Indeed,
increases in acetate but not acetaldehyde can be detected in
human plasma after ethanol intake [64, 65] (Figure 1).

The efficiency of ethanol metabolism is dependent on
the enzymatic activity and pathways involved. It has been
reported that ADH, cytochrome P450 (CYP), and ALDH
show genetic variations (ADH1B, ALDH2, CYP2E1∗6, and
CYP2E1∗7B besides others) that affect enzymatic activity
in the liver and alcohol metabolism [66–68]. As a result,
ethanol’s pharmacokinetic and pharmacodynamic properties
are affected by this genetic variation, as reflected in interracial
and ethnic pharmacological differences [56, 66–71]. Conse-
quently the risk of developing diseasesmay increase in certain
populations, including that of hypertension [70], alcohol
dependence, and several types of alcohol-related cancer [60,
72–75].

After first pass metabolism, the remaining ethanol and its
metabolites are distributed in different tissue, and the excess
alcohol is excreted in the breath, urine, and sweat [56]. The
distribution of ethanol throughout the body is driven in direct
proportion to water content of each tissue, especially at the
ethanol steady-state. Since ethanol is a small, polar molecule,
the distribution volume of ethanol is dependent on the total
body water of an individual (50 to 60% lean body weight)
[76–78]. The variation in the distribution volume of ethanol
has been evaluated for women and men, and in both sexes,
the distribution volume decreases as the body mass index
increases [79].

Alcohol-driven physiological changes, such as vascular
effects (vasodilation) or changes in cardiac output, can also
modify tissue blood flow and ethanol distribution [78]. Since
the blood flow to the brain remains relatively constant,
changes in the blood concentration of ethanol are the most
relevant factor influencing the amount of ethanol delivered
to the brain and therefore for the different levels of brain
intoxication [78–80].

The distribution of ethanol is also particularly rele-
vant during pregnancy, as 1-2 hours after maternal alco-
hol ingestion the fetal alcohol concentrations reach levels
that are nearly equivalent to the maternal levels [81]. The
elimination of ethanol by the fetus is impaired due to its
reducedmetabolic capacity.Thus, fetal exposure is prolonged
through the reuptake of amniotic-fluid containing ethanol
[81]. Ultimately, the elimination of alcohol from the fetus
relies on the mother’s metabolic capacity, which inevitably is
a process that occurs late, meaning that the fetus is exposed
to the toxicological effects of alcohol [82]. Therefore, many
of the physical effects of ethanol on brain structure not only
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Figure 1: Mechanisms of ethanol metabolism in the liver. Alcohol dehydrogenase (ADH) and aldehyde dehydrogenase (ALDH) are the main
enzymes that convert ethanol to acetate in the liver.

affect neurobehavioral features during fetal development but
may also persist into childhood, potentially enduring until
adulthood [82, 83].

3.3. Ethanol and Acetate Can Reach the Brain. Ethanol can
cross the blood-brain barrier and it can bemetabolized in the
brain. Indeed, ethanol has been found in the human brain
after alcohol intake [84], although metabolites of ethanol,
like acetate, can also reach the brain as products of first
pass metabolism [85]. Recently, the metabolism of [2-(13)C]-
ethanol was evaluated in the brains of rats, and products such
as labeled acetate, glutamate, glutamine, and GABA were
detected found [86].

4. Metabolism of Ethanol and Acetate
in the Brain

The oxidation of ethanol to acetaldehyde can occur in the
brain through pathways that involve catalase, cytochrome
CYP2E1, and ADH.Themain pathway to metabolize ethanol
in the liver is that involving ADH, although it has not been
definitively shown to play a role in ethanol metabolism in
the brain. In certain regions of the adult rat, mouse, and
human brain it has been possible to identify ADH mRNA
transcripts, with ADH1 and ADH4 expressed at distinct sites
[87, 88], yet with no detectable activity after exposure to
ethanol. Nonetheless, ADH4 inhibition avoids the synaptic
dysfunction associated with severe alcohol intoxication in the

hippocampus [89]. Moreover ADH activity (ADH1, ADH3,
and ADH4) was found in the human brain but under patho-
logical process like brain cancer [73] and Alzheimer’s disease
[90], and not induced by alcohol intake. In addition, and
despite fulfilling a less prominent role in ethanol metabolism
[85, 91], ADHs have been related to enhanced voluntary
alcohol intake in rats [92].

Other pathways metabolize ethanol in the brain. Catalase
and CYP2E1 are the main pathways; there is evidence that
they do indeed play an important role in ethanol oxidation to
acetaldehyde in the brain [91]. Indeed, acetaldehyde produc-
tion in the brain in vivo depends on catalase activity [85, 93]
and catalase appears to be expressed in all neural cells. Perox-
isomal catalase is a tetrameric, heme-containing enzyme that,
in addition to converting hydrogen peroxide (H

2
O
2
) to water

and oxygen, can also oxidize ethanol to acetaldehyde. The
discovery of the catalase pathway for acetaldehyde formation
in the brain represented an important first step in our
understanding of the role of acetaldehyde in the effects of
ethanol in the brain [94]. Studies using inhibitors of catalase
and acatalasemicmice revealed that catalase is responsible for
approximately half of the ethanol metabolism occurring in
the CNS [91]. Indeed, inhibitors of catalase are also effective
in inhibiting the production of acetaldehyde.

The cytochrome P450 enzymes (CYP2E1) that are
involved in ethanol metabolism in the liver have also been
implicated in its metabolism in the brain. CYP2E1 reduces
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molecular oxygen to water and thus ethanol is oxidized to
acetaldehyde. This enzyme is induced in response to chronic
drinking and it may contribute to the increased rates of
ethanol elimination in heavy drinkers. Some endogenous
substrates for CYP2E1 include acetone and fatty acids, both
of which are abundant in the brain [95]. The CYP2E1 system
fulfills an important role in the generation of reactive oxygen
species (ROS) and exposure to ethanol is related to the
accumulation of ROS,which in rat brain homogenatesmay be
attributed to the induction of CYP2E1 [96]. Not only ethanol
but many other substrates are also metabolized by CYP2E1,
including neurotoxins or procarcinogens, producing reactive
intermediates [97, 98]. Moreover, in human neurons CYP2E1
is known to generate ROS and nitric oxide through the induc-
tion of NADPH/xanthine oxidase and nitric oxide synthase
[99].

Therefore, CYP2E1 and catalase are the main pathways in
the brain thatmetabolize ethanol to acetaldehyde, whileADH
appears to play a minor role. Acetaldehyde is a biologically
active compound and it has been implicated in alcohol
addiction [100, 101], as well as inducing euphoria at low
concentrations [102]. The effects of ethanol are modulated
by acetaldehyde [100, 103], which in turn may react with
endogenous substances to formother biologically active com-
pounds. Acetaldehydes along with other proteins (adducts)
were found in mice brain after alcohol consumption and
in alcoholic human brains, suggesting they are involved in
neural damage [104, 105]. Moreover adducts like salsolinol
(formed when acetaldehyde binds to dopamine) were also
seen to be involved in neurotoxicity [106] and in reinforcing
addictive ethanol conduct [107]. Salsolinol has been identified
in the brain and cerebrospinal fluid of patientswith Parkinson
disease, and it has been proposed to increase ROS production
along with a reduction of glutathione [108], as well as reduc-
ing intracellular ATP and thereby acting as an inhibitor of
mitochondrial energy supply. Thus, acetaldehyde reinforces
its own effects or enhances the addictive action of ethanol
[109, 110].

As a result, acetaldehyde oxidation is required for detox-
ification and it can be metabolized to acetate by ALDH
[111]. ALDH is critically important and the risk of alcohol-
induced toxicity in individuals withmutantALDH2 increases
remarkably [112], while ALDH2 overexpression diminishes
alcohol-related ROS production [113]. However, the accu-
mulation of NADH increases in association with ALDH
activity [114] and if the NAD+/NADH ratio decreases, the
amounts of superoxide radicals increase [115, 116]. Moreover,
although ALDH activity has beneficial effects, such as in
the reduction of acetaldehyde, it also produces free radicals.
Finally, the acetate produced by ALDH is metabolized in
the Krebs cycle to produce energy or provide intermediaries
for other molecules. Recent research showed that oxida-
tion of [13]C-acetate generates specific neurotransmitters, as
[13]C-glutamine, glutamate, and GABA levels were higher
in chronic ethanol-exposed rats than in controls [86]. The
production of these molecules may be related to the known
effects of GABA receptors [16, 17, 19, 117], although other
receptors are also involved in the effects of ethanol, such

as dopamine, acetylcholine, and NMDA receptors [118–120]
(Figure 2).

5. Oxidative Stress Produced by Ethanol

ROS are produced by exposure to ethanol [85] and they are
associated with the effects of ethanol in the brain [92, 99, 101,
121–125], where ROS-related damage is due to oxidative stress
[99, 124, 126–128]. The oxidative balance is a result of the
amount of ROS that accumulates and the activity of antioxi-
dant enzymes. In the brain, antioxidant enzymes are present
in the cortex, cerebellum, hypothalamus, striatum, and spinal
cord, and they include glutathione peroxidase, superoxide
dismutase, glutathione reductase, and peroxiredoxin [129].
When the oxidative balance is disturbed, oxidative stress
develops that affects the cell as a whole, as well as proteins,
lipids, and DNA individually, provoking neurotoxicity or
neurodegeneration.

6. The Antioxidant System and
the Effects of Ethanol

The formation of ROS accompanies many physiological
processes, such that the body has developed a system of
antioxidant protection against their harmful effects. In the
brain, where the generation of free radicals is particularly
severe, it is essential that the antioxidant system functions
correctly [130]. Antioxidant activity is considered as enzy-
matic or nonenzymatic based on the mechanism of action
involved.

6.1. Superoxide Dismutase (SOD). It is an enzyme that cat-
alyzes the dismutation of the superoxide anion to hydro-
gen peroxide, which is then decomposed by catalases pri-
marily located in the peroxisomes. There are two main
SOD isoenzymes found in the CNS of mammals: Mn-SOD
(dependent on mitochondrial manganese ions) and Cu, Zn-
SOD (SOD-1) present in the cytoplasm, microsomes, and
synaptosomes [131]. Increased SOD activity is considered
to be an adaptive response to oxidative stress, such as that
induced by acute ethanol toxicity in the cerebral cortex [132].
However, acute ethanol intoxication reduces the activity of
Cu, Zn-SOD in the cytosolic and microsomal fraction of
the rat brain, and Mn-SOD activity in the mitochondria
[131]. SOD interacts closely with catalase, which catalyzes
the deprotonation of peroxide hydrogen and the oxidation
of substances like methanol, ethanol, formate, nitrite, and
quinones.

6.2. Catalase. In mammals, catalase is primarily located in
the liver, erythrocytes, kidneys, and CNS. In the CNS, it can
be found in microsomes [133] and it has been shown that,
in acute ethanol poisoning, there is an increase of catalase
activity in the cytosol, microsomes, and synaptosomes, as
well as a reduction in the mitochondria of the rat CNS [131].
The increase in catalase activity following ethanol intake and
its effects in the CNS are associated with weak ADH activity.
This increase in catalase activity in the CNS may be adaptive
processes induced by the increase in the hydrogen peroxide
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metabolism.

generated, as what occurs in the CNS of animals exposed to
high concentrations of ethanol [134].

6.3. Glutathione Peroxidase (GSH-Px). It is present in many
tissues, as well as in the neurons and glia of theCNS [135, 136].
The role of GSH-Px is limited to the reduction of peroxides
in which glutathione participates, which is accompanied by
the formation of glutathione disulfide. In the rat and human
CNS, the greatest glutathione peroxidase activity is observed
in the gray and white matter of the cerebral cortex [137, 138].

6.4. Glutathione Reductase (GRed). It is an enzyme present in
the cytosol and in the mitochondria of most cells, catalyzing
the regeneration of reduced glutathione oxidation at the
expense of NADPH. Most GRed activity is found in neurons
and glial cells [139], and acute ethanol poisoning significantly
dampens GRed activity in the cerebral cortex [140].

The activity of antioxidant enzymes is significantly altered
in the CNS of animals chronically intoxicated with ethanol.
The antioxidative capacity of the CNS also depends on
exogenous antioxidants obtained by the organism through
its dietary intake.Themost important exogenous antioxidant

in the CNS is vitamin E, and both vitamin E and vitamin C
content in the CNS falls after ethanol consumption, whereas
vitamin A content increases [131].

7. Oxidized Fatty Acids as a Consequence of
Oxidative Stress

Lipid peroxidation affects polyunsaturated fatty acids in
membrane phospholipids as oxidative stress increases, pro-
ducing bioactive aldehydes like 4-hydroxyalkenals and mal-
ondialdehyde [141]. Oxidative stress and the products of
lipid peroxidation, 4-hydroxynonenal (HNE) [99, 142–145]
or malondialdehyde [141, 146, 147], have been related to
decreased neuronal viability in some studies. Ethanol-
induced lipoperoxidation by oxidative stress [142] and its
products decrease the intracellular reduced glutathione and
increase its oxidized form [148]. HNE has also been asso-
ciated with increases in mitochondrial permeability and
cytochrome c release [143, 149, 150], the latter triggering
apoptotic cell death by activating caspases [145, 150]. Inter-
estingly, the toxicity mediated by the product of lipoperoxi-
dationwasweaker when glutathione transferaseA4-4 activity
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was enhanced and glutathionyl-HNEwas produced, avoiding
the accumulation of HNE [150, 151] and possibly serving
as a mechanism of tolerance. However, the activation of
glutathione transferase A4-4 was suppressed in the presence
of anionic phospholipids like cardiolipin [152]. Furthermore,
the ability of HNE to produce glutathionyl-HNE was pre-
vented by a PLA2 inhibitor [153], suggesting a role of PLA2
in the production of HNE.

8. The Role of Phospholipids in Stress Damage

Cardiolipin is a phospholipid and it is the major com-
ponent of mitochondrial membranes, although ethanol-
induced oxidative stress provokes a loss of this lipid [152, 154–
157] in conjunction with the appearance of HNE [157, 158].
Therefore, cardiolipin oxidation occurs following ethanol
ingestion and consequently its fatty acids are released from
phospholipids by PLA2. When cardiolipin is affected by
ethanol, mitochondrial function is impaired and the outer
mitochondrial membrane may disintegrate [157, 159], which
could induce the release of cytochrome c from themitochon-
dria and trigger an apoptotic cascade mediated by caspases
[158, 160]. Interestingly, the neurodegeneration induced by
ethanol can be prevented by an inhibitor of PLA2 in vitro
[153, 161].

Phosphatidylserine (PS) has also been shown to play
a role in apoptotic signaling, and both the reduction in
PS and the enhanced neuronal cell death that ensues dur-
ing the developmental period may contribute to the brain
defects often observed in fetal alcohol syndrome [162].
Meanwhile, docosahexaenoic acid (DHA: 22:6n-3) prevents
neuronal apoptosis by promoting PS accumulation [162],
while conversely, PLA2 activity and oxidation-mediatedHNE
production may diminish the levels of PS.

9. Ceramide Related to Neurodegeneration

Ceramides are produced in the central nervous system by de
novo synthesis or sphingomyelin hydrolysis [163]. Ceramide
has been shown to accumulate in mitochondria upon the
induction of apoptotic processes related to neurodegenera-
tion [164–175]. The expression of serine palmitoyltransferase
was localized in neurons and it was enhanced in caspase
3-positive neurons induced by ethanol [172], indicating
that de novo ceramide synthesis participates in ethanol-
induced apoptotic neurodegeneration in the brain. Although
ceramide synthase 6 (CerS6) fulfills a protective role, this
enzyme produces C16-ceramides and they are the precursors
of other sphingolipids, such as sphingomyelin and gluco-
sylceramide. Interestingly, CerS6 is enhanced within hours
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of ethanol withdrawal as a compensatory effect [176]. In
summary, ceramide is an apoptotic signal [173] but it is
also necessary for the sphingomyelin synthesis required to
produce diacylglycerol (DAG), which in turn activates PKC
[177], thereby avoiding apoptosis [178].

10. Lipids Potentially Involved in the
Compensatory Mechanisms Protecting
against Ethanol-Induced Damage

While some lipids are altered to signal cells for destruction,
others seem to offset some of the effects that occur due to
oxidation. For example, there is more cholesterol in neuron
membranes exposed to ethanol [155]. Cholesterol is known
to provide rigidity to membranes and ethanol is effective in
disrupting unstable lipid membranes. Hence, an increase in
the cholesterol present in membranes may represent a com-
pensatory mechanism to combat ethanol damage. Indeed,
when mitochondrial cardiolipin is oxidized and its fatty acid
released,membranes becomeunstable due to a loss of rigidity.

Other lipids can also reduce the availability or the effects
of metabolites of ethanol, such as phosphatidylethanolamine,
phosphatidylethanol, and acylethanolamine. Ethanol expo-
sure augments the amount of phosphatidylethanolamine due

to the attachment of aminated ethanol to citidyldiphos-
phate [152, 179], resulting in the production of phos-
phatidylethanolamine through the Kennedy pathway [180].
Moreover, phosphatidylethanolamine can serve as a substrate
for acyltransferases and indeed N-acylphosphoethanolamine
(NAPE) is produced following ethanol exposure [168]. The
amount of NAPE in membranes augments under cellular
stress and as a result of tissue damage [181–184], and NAPE
represents a precursor of the N-acylethanolamines [185]
involved in learning and memory [186], neuroinflamma-
tion [187], oxidative stress, neuroprotection, and neuro-
genesis. Palmitoylethanolamine treatment of cultured cells
produces neuroprotection against oxidative stress, impeding
apoptosis [187–189] and protection in mice with chronic
constriction injury [190]. Moreover, the endocannabinoid
anandamide is also involved in neurodegeneration and thus
acylethanolamines, and especially palmitoylethanolamine,
appear to play an important role as neuroprotectors.
Acylethanolamines can be found in themitochondria in vitro
[191] and palmitoyl requires carnitine to enter mitochondria.
When cells or animals receive carnitine it acts as a neuro-
protective agent, preventing ethanol-induced damage [147].
Furthermore, 𝜛 type-3 unsaturated fatty acids and DHA
provide neuroprotection in conjunction with an increase in
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the formation of acylethanolamine [161, 162], suggesting that
the formation of the latter prevents the damage caused by the
oxidative metabolism of ethanol. Finally, ethanol can also be
metabolized as phosphatidylethanol, a molecule found in the
brain of rats [192] that is possibly formed to avoid ethanol
oxidation.

11. Conclusions

Lipid metabolism is clearly affected by exposure to ethanol
(Figure 3), and the alterations to lipid components like
cardiolipin and some phospholipids in response to ethanol
provide evidence of cell damage. The formation of oxidized
species, abnormal lipids, and dysfunctional membranes due
to ethanol uptake also provokes cell degeneration. However,
compensatory mechanisms exist to dampen the effects of
these metabolic events and to minimize cell damage, as
reflected by the neuroprotective activities of natural lipids
like DHA, esters, vitamin E, and so forth. Thus, ethanol-
induced neurodegeneration is at least partly the result of
the equilibrium maintained between the toxicity of signaling
lipids and the protection they confer on the cell (Figure 4).
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2
O and

ethanol dilutions in total bodywatermeasurements in humans,”
The Clinical Investigator, vol. 72, no. 11, pp. 830–837, 1994.

[78] A. F. Pizon, C. E. Becker, andD. Bikin, “The clinical significance
of variations in ethanol toxicokinetics,” Journal of Medical
Toxicology, vol. 3, no. 2, pp. 63–72, 2007.

[79] K. E. Maudens, L. Patteet, A. L. N. van Nuijs, C. Van
Broekhoven, A. Covaci, and H. Neels, “The influence of the
Body Mass Index (BMI) on the volume of distribution of
ethanol,”Forensic Science International, vol. 243, pp. 74–78, 2014.

[80] M. Marxen, G. Gan, D. Schwarz et al., “Acute effects of alcohol
on brain perfusion monitored with arterial spin labeling mag-
netic resonance imaging in young adults,” Journal of Cerebral
Blood Flow and Metabolism, vol. 34, no. 3, pp. 472–479, 2014.

[81] L. Burd, J. Blair, and K. Dropps, “Prenatal alcohol exposure,
blood alcohol concentrations and alcohol elimination rates for
the mother, fetus and newborn,” Journal of Perinatology, vol. 32,
no. 9, pp. 652–659, 2012.

[82] E. M. Moore and E. P. Riley, “What happens when children
with fetal alcohol spectrum disorders become adults?” Current
Developmental Disorders Reports, vol. 2, no. 3, pp. 219–227, 2015.



12 Oxidative Medicine and Cellular Longevity

[83] A. G. Skorput, V. P. Gupta, P. W. Yeh, and H. H. Yeh, “Persistent
interneuronopathy in the prefrontal cortex of young adult off-
spring exposed to ethanol in utero,”The Journal of Neuroscience,
vol. 35, no. 31, pp. 10977–10988, 2015.

[84] G. Fein and D. J. Meyerhoff, “Ethanol in human brain by
magnetic resonance spectroscopy: correlation with blood and
breath levels, relaxation, and magnetization transfer,” Alco-
holism: Clinical and Experimental Research, vol. 24, no. 8, pp.
1227–1235, 2000.

[85] S.M. Zimatkin andA. I. Buben, “Ethanol oxidation in the living
brain,” Alcohol and Alcoholism, vol. 42, no. 6, pp. 529–532, 2007.

[86] J. Wang, H. Du, X. Ma et al., “Metabolic products of [2–
13C]ethanol in the rat brain after chronic ethanol exposure,”
Journal of Neurochemistry, vol. 127, no. 3, pp. 353–364, 2013.

[87] S. E. Mart́ınez, J. Vaglenova, J. Sabrià, M. Carmen Mart́ınez, J.
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[166] B. Schatter, S. Jin, K. Löffelholz, and J. Klein, “Cross-talk
between phosphatidic acid and ceramide during ethanol-
induced apoptosis in astrocytes,” BMC Pharmacology, vol. 5,
article 3, 2005.

[167] S. Dasgupta, J. A. Adams, and E. L. Hogan, “Maternal alcohol
consumption increases sphingosine levels in the brains of
progenymice,”Neurochemical Research, vol. 32, no. 12, pp. 2217–
2224, 2007.

[168] M. Saito, G. Chakraborty, R.-F. Mao et al., “Ethanol alters lipid
profiles and phosphorylation status of AMP-activated protein
kinase in the neonatal mouse brain,” Journal of Neurochemistry,
vol. 103, no. 3, pp. 1208–1218, 2007.

[169] N. A. Babenko and E. G. Shakhova, “Effects of flavonoids on
sphingolipid turnover in the toxin-damaged liver and liver
cells,” Lipids in Health and Disease, vol. 7, article 1, 2008.

[170] S. A. Novgorodov, T. I. Gudz, and L. M. Obeid, “Long-chain
ceramide is a potent inhibitor of themitochondrial permeability
transition pore,”TheJournal of Biological Chemistry, vol. 283, no.
36, pp. 24707–24717, 2008.

[171] S. M. de La Monte, L. Longato, M. Tong, S. Denucci, and
J. R. Wands, “The liver-brain axis of alcohol-mediated neu-
rodegeneration: role of toxic lipids,” International Journal of
Environmental Research and Public Health, vol. 6, no. 7, pp.
2055–2075, 2009.

[172] M. Saito, G. Chakraborty, M. Hegde et al., “Involvement of
ceramide in ethanol-induced apoptotic neurodegeneration in
the neonatal mouse brain,” Journal of Neurochemistry, vol. 115,
no. 1, pp. 168–177, 2010.

[173] G. Wang and E. Bieberich, “Prenatal alcohol exposure triggers
ceramide-induced apoptosis in neural crest-derived tissues
concurrent with defective cranial development,” Cell Death and
Disease, vol. 1, no. 5, article e46, 2010.

[174] T.-X. Deng, Z.-X. Wang, X.-Q. Gao et al., “Alcohol-induced
proliferation of neurons in mouse hippocampal dentate gyrus:
a possible role of ceramide,” Sheng Li Xue Bao, vol. 63, no. 6, pp.
479–490, 2011.

[175] T. Ramirez, L. Longato,M. Tong, J. R.Wands, S. M. de laMonte,
and M. Dostalek, “Insulin resistance, ceramide accumulation
and endoplasmic reticulum stress in experimental chronic
alcohol-induced steatohepatitis,” Alcohol and Alcoholism, vol.
48, no. 1, pp. 39–52, 2013.



Oxidative Medicine and Cellular Longevity 15

[176] M. Bae, V. V. R. Bandaru,N. Patel, andN. J. Haughey, “Ceramide
metabolism analysis in a model of binge drinking reveals
both neuroprotective and toxic effects of ethanol,” Journal of
Neurochemistry, vol. 131, no. 5, pp. 645–654, 2014.
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Xanthine oxidoreductase (XOR) is the enzyme that catalyzes the oxidation of hypoxanthine to xanthine and xanthine to uric acid
and is widely distributed among species. In addition to this housekeeping function, mammalian XOR is a physiological source of
superoxide ion, hydrogen peroxide, and nitric oxide, which can function as secondmessengers in the activation of various pathways.
This review intends to address the physiological and pathological roles of XOR-derived oxidant molecules. The cytocidal action of
XOR products has been claimed in relation to tissue damage, in particular damage induced by hypoxia and ischemia. Attempts
to exploit this activity to eliminate unwanted cells via the construction of conjugates have also been reported. Moreover, different
aspects of XOR activity related to phlogosis, endothelial activation, leukocyte activation, and vascular tone regulation, have been
taken into consideration. Finally, the positive and negative outcomes concerning cancer pathology have been analyzed because
XOR products may induce mutagenesis, cell proliferation, and tumor progression, but they are also associated with apoptosis and
cell differentiation. In conclusion, XOR activity generates free radicals and other oxidant reactive species that may result in either
harmful or beneficial outcomes.

1. Introduction

The enzyme xanthine oxidoreductase (XOR) has a wide
distribution throughout living organisms and is highly con-
served in prokaryotic, plant, and animal species (reviewed in
[1]). XOR is a dimeric metalloflavoprotein comprising two
identical subunits of approximately 145 kDa each, including
one molybdenum-containing molybdopterin cofactor (Mo-
co) and one flavin adenine dinucleotide (FAD) cofactor, as
well as two nonidentical iron-sulfur redox centers.Thepurine
oxidation occurs at the Mo-co site, while the FAD site is the
oxidized nicotinamide adenine dinucleotide (NAD+) and O

2

reduction sites. The electron flux moves between the Mo-
co and FAD cofactors through the two iron-sulfur clusters
(reviewed in [2]).

XOR catalyzes the oxidation of hypoxanthine to xanthine
and xanthine to uric acid, which are the last two steps of
purine catabolism in the highest primates. XOR has the
rate-limiting function of generating irreversible products,
thus precluding the salvage pathway of purine nucleotides.

Additionally, different endogenous metabolites and various
xenobiotics can be oxidized by XOR. Uric acid and its
oxidized derivatives may exert prooxidant activity, mainly
within the cell; however, it has in vivo antioxidant activity,
mainly in body fluids. This scavenger action is supposed to
provide an evolutionary advantage to primates that lost their
uricase activity via mutation and acquired a crucial defense
against oncogenesis by free radicals [3].

XOR is highly regulated at both the transcriptional and
posttranslational levels. XOR activity is present in all mam-
malian tissue and fluids, although, in most of them, it is
expressed at very low levels because the human XOR gene
is usually subjected to a repressing regulation at the tran-
scriptional level [4]. The highest XOR levels are expressed
in liver, intestine, kidney, and lactating mammary gland
epithelial cells and in vascular endothelial cells (reviewed in
[5]). XOR expression may be increased by various stimuli,
such as hormones, growth factors, inflammatory cytokines,
and low oxygen tension. At the posttranslational level, XOR
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is modulated with both quantitative and qualitative changes
in its activity. XOR protein may be produced in demolybdo-
and/or desulfo-forms, which are inactive in xanthine catalysis
at the Mo-co site, although they can oxidize the reduced
nicotinamide adenine dinucleotide (NADH) at FAD site.
These defectiveXOR forms are present in varying percentages
in milk and could be reactivated with the reinsertion of the
lacking atoms at the active site. XOR activity was observed to
increase in response to hypoxia without changes in the levels
of mRNA or enzyme protein, indicating a posttranslational
regulation of XOR (reviewed in [6]). However, the most
peculiar modulation of XOR activity in mammals consists of
the conversion from the dehydrogenase to the oxidase form.
This transition occurs in various pathological conditions
(reviewed in [7]).

In all organisms, XOR is present in its constitutively active
dehydrogenase form, whereas, only in mammals, the NAD+-
dependent xanthine dehydrogenase (XDH, EC 1.1.1.204) can
be converted to the oxidase form (XO, EC 1.1.3.22) through
sulfhydryl group oxidation or limited proteolysis [8]. XO
delivers electrons directly to molecular oxygen (O

2
), thus

generating the reactive oxygen species (ROS), superoxide
anion (O

2

∙−), and hydrogen peroxide (H
2
O
2
), via a one-

electron and a two-electron reduction, respectively.This gives
rise to the hydroxyl radical (HO∙) in the presence of iron
via the Haber-Weiss and Fenton reactions. The percentage
of divalent versus univalent electron transfer to O

2
and the

relative quantities of O
2

∙− and H
2
O
2
generated by XO are

dependent upon O
2
tension, pH, and purine concentration.

Thus, under normal physiological conditions, H
2
O
2
is the

major reactive product derived from the XO-catalyzed O
2

reduction. H
2
O
2
formation is further favored when both

the O
2
levels and pH are reduced, such as under ischemic

and/or hypoxic conditions (reviewed in [9]). Under hypoxic
conditions, these ROS can also be produced by XDH, which,
at the FAD site, can oxidize NADH.Hypoxia-mediated acidic
pH and lowO

2
tension lessen the nitric oxide (NO) formation

by NO synthase and increase its potential to uncouple and
produce O

2

∙−. These conditions reduce XOR affinity for
xanthine while increasing affinity for nitrites, which compete
with xanthine at the Mo-co site and can be reduced to NO.
Under the same conditions the amount of O

2

∙− formation
by XOR is sufficient to react with NO and generate reactive
nitrogen species (RNS), particularly peroxynitrite (ONOO−).
Both free radicals, such as O

2

∙−, HO∙, and NO, and nonrad-
ical forms, such as H

2
O
2
and ONOO−, have an oxidizing

effect, thereby contributing to oxidative stress (reviewed in
[10]).

The generation of these oxidants may be only partially
blocked by allopurinol, which inhibits the Mo-co site in a
competitive manner but does not inhibit the catalytic activity
at the FAD site. All together, these products are responsible
for XOR cytotoxic and proinflammatory activities and for
pro- and antitumorigenic effects, in both physiological and
pathological conditions. The various XOR functions are
dependent on (i) the level of ROS production, as in the case
of cytotoxic effects; (ii) the type of the prevalent product,
for instance, NO in the presence of high nitrate level; (iii)
the specificity of different cell types, such as phagocytes

in inflammation; (iv) the level of XOR gene expression, in
particular in cancer.

2. Cytotoxicity of Xanthine
Oxidoreductase Products

XOR cytotoxicity received much attention during the second
half of last century, together with the circumstances of the
conversion from XDH to XO. An elevated XO/XDH activity
ratio has been reported in different pathological conditions,
which were characterized by tissue damage and cell necrosis.
In particular, the XDH to XO shift was observed in a variety
of hypoxic/ischemic conditions (reviewed in [6]), including
organ transplantation (reviewed in [11]). In such circum-
stances, any reoxygenation/reperfusion could increase the
supply of oxygen for the formation of oxidants, but it was not
strictly required. Additionally, the conversion from XDH to
XOwas not necessary for ROS generation, as discussed above,
especially in the presence of low oxygen tension that favors
the NADH oxidase activity of XOR. However, the formation
of XOR-derived ROS was indicated as the causal agent of the
injury or, at least, of the damage amplification, althoughmore
than one source of ROS could be implicated (reviewed in
[12]).

The mechanism of ROS cytotoxicity is attributed to
peroxidation of membrane lipids, DNA damage, and protein
oxidation, which impair mitochondrial function and lead to
apoptosis (reviewed in [13]) (Figure 1(a)). Indeed, DNA dam-
age and the consequent loss of cloning efficiency occurred
in a Burkitt lymphoma-derived cell line via XOR activity
through the production of ROS [14]. Apoptosis and necrosis
were induced to proliferating human lymphocytes by XOR-
derived oxidative stress, which was prevented by catalase [15].
Additionally, oxidative DNA damage, consequent to the ROS
generated by XOR activity, provoked cell death in a nasopha-
ryngeal carcinoma cell line [16]. Accordingly, XOR-derived
ROS caused DNA double-strand breaks that were associated
with p53 function/expression and caspase-dependent apop-
tosis in primary human lung microvascular endothelial cells
that were exposed to cigarette smoke extract [17].

The oxidative stress could be utilized to eliminate un-
wanted cells, particularly cancer cells. An attempt to take
advantage of the cytotoxicity of XORproducts was performed
by conjugating the XOR protein to monoclonal antibodies,
with the intent of delivering XOR activity to the antigen-
bearing cell. XOR-containing conjugates recognizing B lym-
phocyte antigens were prepared with the purpose of autol-
ogous bone marrow grafting. These conjugates selectively
killed B lymphoma cell lines [18] without reducing normal
myeloid clonogenic efficiency [19] and were effective in
bone marrow purging from malignant B lymphocytes [20].
XOR immunotargeting was also studied in an experimen-
tal model to eliminate T lymphocytes from bone marrow
for heterologous transplantation [21]. The cytotoxicity and
selectivity of conjugated XOR were enhanced by the addition
of chelated iron that potentiates the free radical formation
(reviewed in [22]). The efficacy of XOR activity was proven
in conditions that were very similar to the ex vivo treatment
for bone marrow purging from multiple myeloma cells, with
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Figure 1: Pharmaceutical applications of xanthine oxidoreductase (XOR) cytotoxicity. (a) Mechanisms of ROS cytotoxicity: ROS induce
peroxidation of membrane lipids, DNA damage, and protein oxidation and lead to cell death, mainly via apoptosis through impaired
mitochondrial function (reviewed in [13]). (b)XORwas conjugated to carriers for the experimental elimination of specific target cells. Selective
cell killing was obtained by conjugating XOR to an antibody that was able to specifically deliver reactive oxygen species (ROS) to target cells
[23]. Enhanced ROS delivery to solid tumors was achieved by XOR conjugation to polyethylene glycol (PEG) [24].

a XOR/antibody conjugate or with a free monoclonal anti-
body followed by a XOR/anti-antibody conjugate. Both direct
and indirectmethods induced a prevalence of apoptotic death
over necrosis in malignant B lymphocytes [23] (Figure 1(b)).

To improve the ROS delivery efficiency to solid tumors,
XOR was conjugated to polyethylene glycol [24], which (i)
confers superior in vivo pharmacokinetic characteristics by
increasing the blood half-life of the enzyme; (ii) counteracts
the aspecific adhesiveness of XOR to the vascular inner sur-
face; and (iii) concentrates XOR in cancer tissues by exploit-
ing the enhanced permeability and retention effect of macro-
molecules and lipids in solid tumors (reviewed in [25])
(Figure 1(b)).

3. Proinflammatory Activity of Xanthine
Oxidoreductase Products

The evolution of XOR from the highly conserved dehydroge-
nase to the interconvertiblemammalian oxidase form confers
to its enzyme activity a new role of producing physiologic
signal transduction that is mediated by ROS as secondary
messengers (reviewed in [26, 27]).

XOR activity is known to be upregulated in response
to inflammatory cytokines [28], which induce the XDH to
XO transition and also increase the XOR level in plasma
[11], supporting the hypothesis that XOR is a component of
the innate immune system (reviewed in [29]). Indeed, XOR

has been implicated in the defense against infectious diseases
because of its capability of activating the cellular phlogistic
response at various levels (reviewed in [30]). XOR-derived
ROS promote leukocyte-endothelial cell interactions by
increasing the adhesion of phagocytes [31]. They also induce
the production of cytokines [32], thus amplifying the inflam-
matory response, and chemotactic factors [33], which cause
the accumulation of polymorphonuclear granulocytes in the
microvasculature [34]. The bactericidal activity of XOR may
contribute to the oxygen-dependent cell killing during leuko-
cyte phagocytosis through ROS and ONOO− production
[35]. The antibacterial properties of XOR suggest that its
abundance in milk could have the role of a natural antibiotic,
representing one of the reasons to encourage breastfeeding by
mothers [36] (Figure 2(a)).

The usually very low XOR serum level in humans may
become more elevated in pathological circumstances that
cause tissue damage and the release of XOR from cells
into the bloodstream. Circulating XOR is converted to the
oxidase form and binds to endothelial cells, even at distant
sites, inducing proinflammatory signaling or even remote
organ injury (reviewed in [11]).The proinflammatory activity
exerted by the XOR-derived ROS may affect the microvascu-
lar lining by inducing endothelium permeabilization, which
begins both the physiological cascade of immune response
and the pathological events that induce atheromatous
plaque formation (reviewed in [37]) (Figure 2(b)). The XOR
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Figure 2: Prophlogistic action of reactive oxygen (ROS) and nitrogen (RNS) species. (a) Interferon and other cytokines increase xanthine
oxidoreductase gene (XOR) expression as well as the conversion of xanthine dehydrogenase (XDH) to xanthine oxidase (XO) and XOR serum
level (reviewed in [11]). XOR-derived ROS and RNS mediate the endothelial and phagocytic cell activation that is functional in antibacterial
defense (reviewed in [30]). (b) XOR products induce endothelial permeabilization and dysregulation of vascular tone, which may lead to
thrombosis and atherosclerosis (reviewed in [37]).

products together with the oxidants generated by NAD(P)H
oxidase and NO synthase may also modulate another endo-
thelial cell function, the regulation of arteriolar tone via NO
production, which has local and systemic vasodilating activ-
ity and causes XOR inhibition (Figure 2(b)). NO is produced
by endothelial NO synthase that is inhibited either by ROS or
under hypoxic conditions. In these circumstances, NO gener-
ation is assured by the nitrite reductase activity of both XOR
and NAD(P)H oxidase, which undergo reciprocal activation
by generating O

2

∙− (reviewed in [38]). As the activities of
these enzymes are interdependent in the endothelium, the
final outcome is the result of a physiopathological balance
amongst their activities. Thus, it is not surprising that both
XOR activity and its inhibition by allopurinol may induce
endothelial dysfunction and promote platelet aggregation, as
well as aggravating hypertension and cardiovascular diseases
[39].

In patients with coronary disease, the treatment with
the angiotensin receptor blocker losartan reduced the endo-
thelium-bound XOR activity and XOR inhibition with oxy-
purinol improved endothelium-dependent vasodilation, sug-
gesting that endothelial dysfunction in coronary disease
is at least in part dependent on angiotensin II-dependent
endothelial XOR activation [40]. In patients with metabolic
syndrome, XOR inhibition by allopurinol reduces myeloper-
oxidase and malondialdehyde blood levels, while increasing
the flow-mediated dilation, suggesting that XOR-induced
oxidative stress contributes to endothelial vasomotor dys-
function [41]. The underlying mechanism is supposed to be

the reduced bioavailability of NO due to the reaction of NO
with O

2

∙− (reviewed in [39]). However, in grade 1 drug-
näıve hypertensive subjects a dietary nitrate load reduces
systolic and diastolic blood pressure. This effect is related to
an increased NO generation, which is significantly attenu-
ated by allopurinol and is associated with higher levels of
erythrocytic XOR expression and nitrite reductase activity
in hypertensive patients in comparison to normotensives
volunteers [42].The effects of ROS generated by human XOR
on cardiovascular disease have been detailed in two recent
publications (reviewed in [11, 37]).

XORmay produce ROS andNO, which are both required
for the formation of normal granulation tissue and wound
healing. In vitro keratinocytes and endothelial cell prolif-
eration and migration were increased by H

2
O
2
and nitrite.

XOR expression was upregulated shortly after wounding at
the wound edge. Locally applied allopurinol, as well as a
tungsten-enriched diet that drastically lowered XOR activity,
significantly delayed wound healing in mice. The effect was
reversed and angiogenesis improved with the topical H

2
O
2

administration, strongly suggesting that XOR contributes to
wound repair [43].

4. Pro- and Antitumorigenic Activity of
Xanthine Oxidoreductase Products

In both experimental and clinical pathology, the level of XOR
expression was often found to be higher or lower in cancer
tissues compared with the corresponding normal tissue or to
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Figure 3: Cancer pathogenesis: ambiguous role of xanthine oxidore-
ductase (XOR). XOR-derived ROS may activate genes responsible
for each phase of cancer development (reviewed in [47]) as well as
genes that promote antioncogenic activities (reviewed in [45]).

the normal tissues bordering cancerous tissues (reviewed in
[44]). In particular, XOR expression and activity in neoplastic
human tissues have been recently addressed and discussed
together with the XOR role in differentiation and oncogenesis
(reviewed in [45]). Moreover, XOR products have been asso-
ciated with both the process of oncogenesis ([46], reviewed in
[47]) and its prevention ([48], reviewed in [49]) (Figure 3).

The level of XOR activity was higher than normal and
that of paraoxonase l, a free radical scavenger enzyme, was
lower in the serum of patients with various cancer illnesses
[50]. A low activity of various oxidative enzymes, in particular
XOR, has been reported to correlate with cell proliferation
in different settings, including cancer, and a hypothesis has
been formulated that a low level of free radicalsmay stimulate
cancer cell growth [51]. XOR can also confer a cancer-
promoting action through the above-discussed proinflam-
matory activities of ROS and RNS.

The analysis of a vast cohort of women followed for 11
years showed a dose-dependent risk of breast cancer by
alcohol consumption [52] and a mechanism involving XOR-
derived ROS has been proposed for the pathogenesis of this
cancer. XDH is expressed at high levels by mammary epithe-
lium, particularly in relation to lactation, and can produce
ROS by oxidizing ethanol [53] as well as acetaldehyde and
NADH, which are generated by alcohol catabolism. ROS can
be responsible for DNA damage, mutagenesis, and neoplastic
transformation, especially in aged breast tissue with high iron
levels and low antioxidant levels (reviewed in [54, 55]).

XOR is an upstream regulator of various molecules with
transduction signal functions in different pathways, which
may result in either pro- or antitumorigenic signaling.

In human lung microvascular endothelial cells, XOR was
shown to increase the expression of the tumor suppressor
protein p53, which is very often mutated and deactivated in

human cancer. XOR induced oxidative stress, DNA damage,
and the ROS-dependent upregulation of p53 protein, with the
consequent activation of the caspase enzymatic cascade and
apoptosis [17].

In 3T3-L1 murine cells, the ROS produced by the NADH-
oxidizing activity of XOR were able to stimulate the acti-
vation of peroxisome proliferator-activated receptor-gamma
(PPAR-𝛾), which belongs to the nuclear hormone receptor
superfamily. This ligand-activated intracellular transcrip-
tion factor has antiproliferative and antioncogenic activities
because it can favor cell differentiation and inhibit angiogen-
esis [56].

XOR-derived ROS can modulate the expression of the
inflammationmediator, cyclooxygenase-2 (COX-2), by either
increasing or decreasing its expression. The XOR-dependent
COX-2 expression in newborn mice was essential for regular
kidney development, and the lack of XOR was associated
with renal hypoplasia and dysplasia [57]. Additionally, XOR
depletion in primary renal epithelial cells induced positive
immunostaining for mesenchymal cell type markers and the
lack of reactivity to E-cadherin associated with cell morphol-
ogy changes from a cuboidal to myofibroblastic shape, which
indicated epithelial tomesenchymal transition [58].However,
a highXOR level in humanmammary epithelium lowered the
COX-2 and matrix metalloprotease expression levels, which
are crucial for cell migratory activity and thus for tumor
progression and ability of metastasis formation [48].

XOR-generated oxidants can turn on the nuclear factor
kappa-light-chain-enhancer of activated B cells (NF-𝜅B) in
rat liver both during ischemia [59] and in type 1 diabetes [60].
NF-𝜅B is a transcription factor that is usually activated during
chronic inflammation and in cancer, where it promotes the
production of immunological cytokines and the expression
of a set of antiapoptotic genes.

In U251-MG cells, derived from human brain, chemically
induced hypoxia increased XOR activity and the level of
XOR-derived ROS, which upregulated hypoxia-inducible
factor-1 alpha (HIF-1𝛼) [61]. This transcription factor is over-
expressed in hypoxia and induces angiogenesis, aswell as can-
cer invasion, thus contributing to both tumor development
and progression.

5. Conclusions

Mammal XOR is the end product of a complicated evolu-
tionary process leading to a hyperregulated enzyme with low
specificity and highly versatile activity. In mammals, XOR
has acquiredmany functions through the production of ROS,
NO, and RNS, whereby it is involved in the triggering of
key biological cell pathways and in the regulation of several
physiological and pathological conditions. For these reasons,
XOR represents the two faces of free radicals, which can
have either negative or positive effects. XOR-derived RNS
and ROS may have a cytotoxic effect. This activity may be
responsible for tissue damage in hypoxia/reoxygenation and
ischemia/reperfusion injury. However, this cytotoxic effect
can be pharmacologically exploited to obtain selective can-
cerous cell killing by conjugating XOR to a specific antibody.
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XORactivity increases during infectious diseases and its cyto-
toxic action is useful for the defenses against bacteria. Addi-
tionally, XOR-derived NO and ROS have proinflammatory
activity because they regulate endothelial functions, by both
increasing the permeability of vascular lining andmodulating
the arteriolar tone. For this reason, XOR has been implicated
in hypertension, cardiovascular diseases, and atherosclerosis.
XOR-derived ROS are also involved in cancer pathogenesis
because they may promote neoplastic transformation by
activating target genes with prophlogistic, antiapoptotic, and
proliferative actions. Moreover, they favor the progression to
malignancy by inducing angiogenesis and cell migration. On
the other hand, XOR products may activate the expression
of the proapoptotic protein p53 and of transcription factors
belonging to the nuclear hormone receptor superfamily with
antitumorigenic and antiproliferative activity, promoting cell
differentiation and inhibiting angiogenesis.

Highlights

(i) XOR-derived ROS, NO, and RNS have proinflamma-
tory and bactericidal activities.

(ii) XOR products may be cytotoxic in many circum-
stances.

(iii) XOR products modulate endothelial function and
arteriolar tone.

(iv) XOR products may induce mutagenesis, cell prolifer-
ation, and tumor progression.

(v) XOR products are associated with apoptosis and cell
differentiation.
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This work reviews concepts regarding oxidative stress and the mechanisms by which endogenous and exogenous factors produce
reactive oxygen species (ROS). It also surveys the relationships between oxidative stress, circadian rhythms, and retinal damage in
humans, particularly those related to light and photodamage. In the first section, the production of ROS by different cell organelles
and biomolecules and the antioxidant mechanisms that antagonize this damage are reviewed. The second section includes a brief
review of circadian clocks and their relationship with the cellular redox state. In the third part of this work, the relationship between
retinal damage and ROS is described. The last part of this work focuses on retinal degenerative pathology, age-related macular
degeneration, and the relationships between this pathology, ROS, and light. Finally, the possible interactions between the retinal
pigment epithelium (RPE), circadian rhythms, and this pathology are discussed.

1. Introduction

Over millions of years of evolution, organisms have devel-
oped diverse protective systems to control excess reactive
oxygen species (ROS), which produce oxidative stress (OS).
This term refers to elevated intracellular levels of ROS that
cause damage to lipids, proteins, and DNA, a process that has
been considered to be linked to a myriad of pathologies in
humans.

Themechanisms of ROS production (e.g., via aerobic res-
piration or flavin-containing oxidases) and its rapid removal
(e.g., via catalase) are present in almost all of the cell types
found in organisms. OS effects depend on the intensity of
damage induced by the ROS in the cell and the cellular
response to this damage; if the cell is unable to overcome
the damage and recover its function or if exogenous and
endogenous antioxidant defenses (AOXs) cannot counter it,
the cell can die. However, ROS have also been shown to
function as second messengers by transducing extracellular
signals to generate specific cellular responses. Proteins and
other molecules that participate in signaling pathways can

be modified by redox changes [1]. Numerous studies have
substantially contributed to the development of the concepts
of OS and the mechanisms involved in the production and
regulation of ROS as well as their participation in cellular
signaling processes (for a review, see [2]). The present work
briefly reviews some of the mechanisms of ROS production
and scavenging in addition to the participation of ROS in
complex processes such as aging and biological rhythms.
Due to the growing interest in the involvement of ROS
in degenerative pathologies, the last part of this review
is focused on the effects of OS on retinal degenerative
processes, particularly on age-related macular degeneration
(AMD). Due to the importance of circadian rhythms in the
development of degenerative pathologies, a short survey of
the possible relationships between circadian rhythms and
AMD is included in the last part of this work.

2. Reactive Oxygen Species

ROS are formed either during metabolic processes that are
linked to life-sustaining, enzyme-catalyzed reactions, such as
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Figure 1: A model showing the formation of reactive oxygen species (ROS) in different organelles of the cell. Superoxide anion radical (O
2

−)
is produced via the membrane-bound enzyme complex NADPH oxidase (nicotinamide adenine dinucleotide phosphate-oxidase) which is
found embedded within the plasma membranes and membranes of various organelles such as mitochondria, chloroplasts, and phagosomes.
The dismutation of O

2

− is accompanied by the formation of hydrogen peroxide (H
2
O
2
) and then the hydroxyl radical (HO∙) via the Fenton

reaction.Thehighly reactiveHO∙ has the capability to oxidize all types of biomolecules such as lipids, proteins, andnucleic acids.Theoxidation
of biomolecules is accompanied by the formation of high-energy intermediates such as dioxetane (ROOR) and tetroxide (ROOOOR), which
upon further decomposition, generate electronically excited species such as triplet excited carbonyl, singlet and triplet excited pigments, and
singlet oxygen (1O

2
). From Pospiš́ıl et al. [7] with the permission of the authors and Elsevier.

aerobic respiration, or during responses to stress reactions
when organisms, including humans, are exposed to biotic
and abiotic stress factors, such as situations like hypoxia or
anoxia. ROS encompass a variety of diverse chemical species
including singlet oxygen, superoxide anion radical, hydroxyl
radical (OH), hydrogen peroxide (H

2
O
2
), hydroxylperoxyl

radical, alkoxyl radicals, and peroxyl radicals. Superoxide
anion (O−) is converted to H

2
O
2
by the enzyme superox-

ide dismutase (SOD), and the hydroxyl radical (OH) is a
byproduct of the Fenton reaction. Nitric oxide (NO) and
singlet oxygen are examples of reactive species. Some of
these species, such as superoxide or hydroxyl radicals, are
extremely unstable, whereas others, such as H

2
O
2
, are freely

diffusible and relatively long-lived. These various radical
species can be generated either exogenously by physical or
chemical factors that induce stress reactions or through cell-
dependent mechanisms via several different mechanisms,
such as cytosolic enzyme systems or mitochondrial mech-
anisms. The cytosolic systems include, among others, the
family of NADPH oxidases (NOX) [3], whereas the produc-
tion of mitochondrial superoxide radicals occurs primarily

at two discrete points in the electron transport chain (ETC),
namely, complex I (NADH dehydrogenase) and complex
III (ubiquinone-cytochrome c reductase) [4]. Mitochondrial
production of ROS will be discussed in the next section.
Some of the exogenous chemical sources of ROS include the
xanthine/xanthine oxidase system, which produces O−; the
Fenton reagent, which generates HO−; and photosensitizers
such as rose bengal and benzoporphyrin derivatives, which
produce 1O

2
upon photosensitization [5, 6]. Physical abiotic

factors such as UV radiation and visible light result in the
formation of radical (O− and H∙) and nonradical (1O

2
)

ROS by Type I and Type II reactions, respectively (for a
review, see [7]) (Figure 1). Various endogenous pigments
in organisms, such as porphyrins, bilirubins, melanins, and
pterins, are known to act as photosensitizers by absorbing
radiation or visible light. This leads to the formation of the
singlet photosensitizer state, which forms the triplet excited
state. The excited photosensitizer undergoes either electron
transport, forming O

2

−, H
2
O
2
, and HO∙ or energy transfer,

forming 1O
2
(Type II reaction) [8, 9]. In Type I reaction,
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electron transport leads to the production of O
2

− via the for-
mation of photosensitizer anion radicals and substrate cation
radicals or vice versa [10]. Spontaneous or enzymatically
driven dismutation of O

2

− leads to the formation of H
2
O
2
,

which subsequently forms OH∙ via the Fenton reaction or
other metal-catalyzed reactions. In a Type II reaction, triplet-
singlet energy transfer from the excited photosensitizer to
molecular oxygen forms 1O

2
[11].

Among all of the biomolecules that can be attacked by
ROS, lipids are likely the most susceptible to oxidation.
All cell membranes are rich in polyunsaturated fatty acids
(PUFAs), which are easily injured by oxidizing agents. Perox-
idation of cellular lipids modifies membrane properties and
produces cytotoxic compounds, although some peroxidation
products also play useful roles. Lipid peroxidation (autoxi-
dation), a process that leads to the oxidation of PUFAs due
to the presence of several double bonds in their structure,
involves the production of peroxides and reactive organic free
radicals (FRs).The latter can then react with other fatty acids,
initiating a FR reaction cascade.

ROS can also react with nucleic acids by attacking
nitrogenous bases and the sugar phosphate backbone. Fur-
thermore, some of their primary effects include basic DNA
damage and single- and double-strand DNA breaks. To a
large extent, the oxidative radical damage that occurs in
nucleic acids results from the reaction of DNA with radicals
such as H∙ and ∙OH. Hydroxyl radicals are known to attack
DNA, causing single- and/or double-strand breaks as well
as pyrimidine and purine lesions, both of which can affect
the integrity of the genome [12]. The inability of cells to
repair the damage incurred in this process may lead to their
death; alternatively,mutationsmay occur in theDNA, leading
to carcinogenesis or the development of neurodegenerative
diseases [13].

Mitochondrial DNA (mtDNA) is more susceptible to
oxidative damage than its nuclear counterpart. Mutations
in mtDNA can cause disturbances in the respiratory chain
and loss of the control of ROS production. mtDNA is
not protected by histones or other associated proteins, and
because it has intronless regions and a high transcription rate,
mtDNA is more susceptible to oxidative modifications in its
coding regions.The reduced effectiveness of the repair system
for mtDNA damage may be the cause of the accumulation
of OS and its consequences. The formation of carbonyl
derivatives is the most widely studied OS-induced protein
modification [14]. Carbonyl formation can occur through a
variety of mechanisms, including the direct oxidation of cer-
tain amino acid side chains and oxidation-induced peptide
cleavage. Although all organs and proteins can potentially
be modified by OS, certain tissues and protein targets may
be especially susceptible [3]. Other protein modifications
are NO-dependent. For example, NO reacts with O

2

∙− to
generate ONOO−, which is capable of initiating further
protein oxidation and nitration [15, 16].

Thenitrogen dioxide radical, which is biologically formed
from the reaction of N

2
with oxygen or by the decomposition

of ONOO−, reacts with tyrosine residues, resulting in the
formation of 3-nitro-tyrosine.The addition of NO to the thiol

groups of proteins via S-nitrosation (also referred to as S-
nitrosylation) has also been reported to be associated with
neurodegenerative diseases [16].

2.1. Mitochondria and ROS. Mitochondria are a major
intracellular generator of ROS (mitoROS) [17]. Multi-
ple producers of O− have been reported in mitochon-
dria, including flavins in complexes I and II; ubiquinone
binding sites in complexes I, II, and III; flavoprotein-
Q oxidoreductase-mediated fatty acid beta-oxidation; and
glycerol-3-phosphate, 2-oxoglutarate, and pyruvate dehydro-
genases [18–21]. The major players in mitoROS produc-
tion are complexes I and III of the mitochondrial ETC
[18], although other ROS-producing mitochondrial sites
include mitochondrial glycerol-3-phosphate dehydrogenase,
the electron-transferring flavoprotein/ETF: ubiquinone oxi-
doreductase system of fatty acid oxidation, dihydroorotate
dehydrogenase, the dihydrolipoamide dehydrogenase, and
2-oxoacid dehydrogenase complexes. In addition, the 2-
oxoglutarate dehydrogenase complex, the branched-chain 2-
oxoacid dehydrogenase complex, the pyruvate dehydroge-
nase complex, and proline dehydrogenase, among others,
have been implicated in ROS production (for a review, see
[22]). The mitochondrial ETC consists of four mitochondrial
redox carriers that are known as complexes I, II, III, and IV.
Electrons that are donated by NADH and FADH

2
toward

complexes I and II, respectively, are transferred to complex
III and then eventually to complex IV to reduce oxygen
molecules to water [23]. In complex I, O− production is
driven by the presence of NADH, which donates electrons to
a series of redox enzymes within the complex itself; this series
includes flavinmononucleotide, Fe−S clusters, and coenzyme
Q10 (ubiquinone) [24]. O− production has been linked to two
sites within complex I: reduced flavin mononucleotides and
quinone binding sites [24]. In isolated mitochondria, com-
plex I can reduce O

2
to O− under two different conditions:

(1) when ATP is in low demand and the proton motive force
(PMF) is maximal and (2) when the NADH/NAD+ ratio
is high and ATP is continuously synthesized, resulting in a
low PMF [25]. The first mechanism, which is also known
as reverse electron transfer (RET), occurs when the PMF
is maximal or when electrons donated from succinates in
complex II are reverse transferred to complex I. This action
causes electron binding to quinone binding sites, which
allows electrons to leak out and reduce oxygen molecules
[25]. The second mechanism, which is known as forward
electron transfer, requires the donation of electrons from
reduced form to oxygen molecules, producing O−. This
process depends on a high NADH/NAD+ ratio or inhibition
of the respiratory chain through mitochondrial damage,
ischemia, the loss of cytochrome c, or mutations. It also
causes the loading of electrons onto flavin and the subsequent
leakage of electrons that reduce oxygen molecules.

In addition to the NADH-driven ROS production from
complex I and, subsequently, complex III, complex II has also
been demonstrated to be a source of ROS production [26,
27]. Complex II, or succinate dehydrogenase, is composed
of four subunits: flavoprotein, the Fe–S cluster, and two
transmembrane cytochrome b heme subunits [21, 28]. In
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complex II, O− production is driven by the presence of
succinate, which sequentially donates two electrons to flavin,
the Fe–S cluster and ubiquinone [27, 29, 30]. Complex IV,
in contrast, has yet to be shown to directly produce ROS,
although it affects the course of O− production by complexes
I, II, and III and seems to be the terminal and rate-limiting
complex that influences the flow of electrons across the ETC.

2.2. Autophagy and ROS. Autophagy is a lysosome-mediated
degradation process for nonessential or damaged cellular
components [31]. Physiologically, autophagy preserves the
balance between organelle biogenesis and both the synthesis
and clearance of proteins. This process is emerging as an
important mediator of pathological responses because it
involves cross talk between ROS and RNS (reactive nitrogen
species) during both cell signaling and protein damage. Dys-
regulated redox signaling or mitochondrial dysfunction can
also influence autophagic activities. OS is inseparably linked
tomitochondrial dysfunction becausemitochondria are both
generators and targets of reactive species. Mitochondrial
turnover depends on autophagy, which declines with age
and is frequently dysfunctional in neurodegenerative diseases
[32]. OS can also lead to nonspecific posttranslational modi-
fication of proteins, and it contributes to protein aggregation
(for a review, see [33]).

2.3. Antioxidants. Organisms have natural AOXs that dimin-
ish the harmful effects of continuous ROS production. There
are both endogenous and exogenous defense mechanisms
against oxidative attack. OS and its biomarkers are the
biochemical products of an imbalance between ROS pro-
duction and the ability of biological AOXs to counteract the
effects of ROS metabolites [34]. These defenses are located
in the cytoplasm, the cellular membrane, and the extracel-
lular space, and they include enzymatic defense systems,
FR scavengers, and chelating agents for transitional metals.
The enzymatic systems consist of intracellular molecules,
such as SODs, catalase, glutathione peroxidase (GPx), and
reductase [35]. FR scavengers slow down oxidation reactions,
trapping FRs and transforming them into less aggressive
compounds. They can be hydrosoluble and cytosolic (e.g.,
GSH and vitamin C) or liposoluble and membrane-bound
(e.g., vitamin E and carotenoids). Vitamin C is considered
to be the main hydrosoluble AOX system, and it may also
regenerate tocopherol (vitamin E), which is one of the
main liposoluble AOXs in cellular membranes, along with
carotenoids (𝛽-carotene, lutein, zeaxanthin, and lycopenes).
GSH is considered the most abundant AOX system in the
cytosol, nucleus, and mitochondria. The relevant chelating
agents include molecules that bind to iron and copper as
well as flavonoids. In this way, these chelating agents prevent
these metals from participating in Fenton and Haber-Weiss
reactions. Depending on their source, AOX agents can be
either endogenous, as in GSH, SOD, and CAT, or exogenous
(only obtained from nutrients), as in vitamins C and E,
carotenoids, flavonoids, and oligo elements [36].

2.3.1. Melatonin as an Antioxidant. Melatonin (N-acetyl-
5-methoxytryptamine) is an important AOX molecule. It

is a ubiquitous substance that is secreted by the pineal
gland of all mammals, including humans. In addition, its
presence has been confirmed in many animals, plants, and
unicellular organisms [37–39]. Melatonin participates in
diverse functions in the body, including sleep, circadian
rhythm regulation, and immunoregulation, and it may have
anticarcinogenic effects [39]. As a chelating agent, melatonin
is a potent FR scavenger and a regulator of redox-active
enzymes [40]. This hormone is secreted during darkness
and plays a key role in various physiological responses,
including the regulation of circadian rhythms, sleep, home-
ostasis, retinal neuromodulation, and vasomotor responses.
It scavenges hydroxyl, carbonate, and various organic rad-
icals and a number of RNS. Melatonin also enhances the
AOX potential of cells by stimulating the synthesis of AOX
enzymes, including SOD, GPx, and glutathione reductase,
and by augmenting glutathione levels [41]. This hormone
preservesmitochondrial homeostasis, reduces FR generation,
and protects mitochondrial ATP synthesis by stimulating
complexes I and IV, thereby counteracting oxidative mtDNA
damage and restoring the mitochondrial respiratory control
system [41]. Because reduced complex I activity and is a sign
of enhanced electron leakage, the resulting increase in OS
is sufficient to induce apoptosis. The ability of melatonin
to return complex I activity to normal levels suggests its
significance in overall health via the prevention of age-
associated degenerative changes [42].

2.4. ROS and Aging. Aging has been considered to involve
the progressive accumulation of changes with time that are
associated with or responsible for the ever-increasing suscep-
tibility to disease and death that accompanies advancing age.
In 1956, Harman [43] proposed that endogenously generated
oxygen FRs induce the macromolecular oxidative damage
that is responsible for senescence (for a review, see [44]) and is
associatedwith a decline in physiological fitness during aging.
This “free radical hypothesis” was modified and merged
with the “oxidative stress hypothesis,” resulting in the term
“oxidative stress” [45], which was defined as a disturbance
in the pro-oxidant-antioxidant balance that results in a
cellular state in which the AOXs are insufficient for complete
eradication of various ROS [44]. Both propositions postulate
that the progression of age-related deleterious alterations is
a function of the imbalance between ROS fluxes and AOXs,
and both predict that the narrowing of this gap should reduce
the amount of structural damage and thereby prolong the
life span. “Therefore, from this historical perspective, the
postulated mechanism by which ROS are implicated in the
aging process can be aptly characterized as the structural
damage-based oxidative stress hypothesis” [44].Over the past
several decades, however, there has been a shift in ideology
concerning the role of ROS in cell physiology. Some oxidants,
particularly H

2
O
2
, have now been recognized as essential

for cell survival due to their regulatory roles in a wide
range of functions, including gene regulation, cell signaling,
protein activation/deactivation, cellular differentiation, and
apoptosis (reviewed in [46, 47]). Now, ROS have been
recognized to act as signals [48, 49]. Although some of these
signaling pathways promote cell death [50], others, such as
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oxygen-sensing and hypoxic responses [51] or the induction
of autophagy [52], promote cell survival.Therefore, in theory,
low (nontoxic) levels of ROS can promote lifespan extension
by activating pathways that promote cellular resistance to
various stresses.

Although there is little doubt that high levels of ROS
are detrimental, mounting evidence indicates that mild to
moderate ROS elevation extends lifespan. Dietary caloric
restriction, inhibition of insulin-like growth factor-I signal-
ing, and inhibition of the nutrient-sensingmechanistic target
of rapamycin are robust longevity-promoting interventions
[53] that all appear to elicit retrograde mitochondrial signal-
ing processes that may even spread to other cells.

Other factors, such as biological rhythms, also seem
to contribute to aging [54]. Age-associated changes in the
day/night rhythm of melatonin production have been iden-
tified, with phase advances encountered more frequently in
the elderly compared with young women [55]. Suprachi-
asmatic nucleus (SCN) function has also been shown
to decline with age, particularly in patients with aging-
associated neurodegenerative disorders, which are a major
cause of dementia, and other poor health conditions that
are common in elderly populations [56, 57]. A decline in
melatonin production and altered melatonin rhythms can
be major contributing factors to increased levels of OS and
the associated degenerative changes that are observed in the
elderly. Nevertheless, individuals of the same chronological
age can exhibit dissimilar degrees of senescence-associated
functional impairment, differences that may be attributable
to well-documented interindividual variations in melatonin
levels [58–61]. Variations in the degenerative changes that
occur in cells and tissues have been attributed to variations
in melatonin production; these changes are more often
determined by an individual’s physiological age rather than
his chronological age [62]. Recently, genetic variation in the
enzyme ASMT (HIOMT), which performs a metabolic step
that determines the amount of melatonin produced [63], has
been demonstrated.

3. Circadian Clocks and ROS

Circadian rhythmicity is a fundamental biological phe-
nomenon that is universally important. This endogenous,
innate oscillation with a period of approximately one day has
been identified in all of the organisms that have been studied
to date, from bacteria to eukaryotes. Temporal variations
that are driven by a circadian oscillator are evident in
many cellular functions including gene expression, metabolic
flux rates, concentrations of signaling molecule, and cellular
substructures. In multicellular organisms, circadian rhythms
can be studied at different integration levels, from cell-to-
cell interactions to organ physiology and from endocrine and
neural communications to behavior. Although the control
and coordination of circadian rhythms inmetazoans are typi-
cally organized by specialized pacemaker structures, primary
oscillations are generated at the cellular level. These rhythms
are widely accepted to be genetically determined, and several
genetic clocks have been identified in different taxa, including
unicellular organisms [64].

The core of the circadian clock is based on an intracellular
time-tracking system that enables organisms to anticipate
environmental changes and thereby adapt their behavior and
physiology to the appropriate time of day [65]. It is well
known that in some animals, such as insects and mammals, a
specific set of transcription factors constitutes the molecular
architecture of the circadian clock. These factors are orga-
nized into positive and negative regulatory feedback loops
that function in a cell-autonomous manner and that are
rhythmically controlled by amaster oscillatory system, which
coordinates tissue-specific rhythms according to the input it
receives from the rhythms of the outside world [66].

The one or more endogenous oscillators that function
to generate a free-running period that is close to 24 h when
the organism is maintained under constant environmental
conditions are a central component of the circadian system.
At the molecular level, these oscillators are based both on
the products of “clock genes,” which are organized into
transcriptional-translational feedback loops (TTLs), and on
oscillations in posttranslational modifications of proteins,
which contribute significantly to circadian oscillations [67].
Some of the clock genes encode transcriptional activators,
whereas others encode negative feedback elements that
inhibit their own expression by disrupting the activity of their
activators. Meanwhile, kinases and phosphatases regulate the
speed and precision of the clock [68]. Components of the
oscillators receive environmental information through input
pathways, allowing the oscillators to remain synchronized
with the 24 h solar day. This time-of-day information from
the oscillator(s) is then relayed through output pathways to
regulate the expression of circadian clock-controlled genes
and overt rhythmicity. One mechanism by which the output
pathways are predicted to be rhythmically controlled is
through transcription factors or signaling molecules that are
themselves components of the oscillator.These factors, which
are activated by the circadian clock, may in turn regulate
the downstream clock control genes in a time-of-day-specific
manner [69].

The internal clock would be useless if it was not able to
synchronize with environmental time or if the cells within a
tissue were not synchronized to each other. Therefore, input
pathways to the circadian oscillator are vital to maintain the
proper timing of the oscillator with respect to the environ-
ment. In a process called entrainment, input pathways reset
the oscillator so that the period of the oscillator conforms
to the 24 h period of the environment [69]. Input pathways
detect environmental cues and utilize various mechanisms
to increase or decrease the levels or activity of components
of the molecular oscillator to set the clock to the correct
time of day. One of the most ubiquitous time-giving cues is
light, but nonphotic environmental cues, including nutrition,
temperature, and social interactions, can also entrain the
circadian clock [70–73]. In addition, the clock utilizes a
strategy called gating to restrict responses to environmental
cues at certain times of day. For example, diurnal mammals
are typically insensitive to a light pulse during the day, but,
during the night, a light pulse can advance or delay the
clock to synchronize it with the environment [74], just as
we would adjust our watches to match the local time. In
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organisms of various complexities, cells vary in their ability
to support a molecular oscillator that can be entrained by
environmental signals. In unicellular organisms, each cell
has a fully entrainable oscillator that primarily responds to
light [75]. However, in complex multicellular organisms, not
all cell types have the necessary sensory capabilities, such
as photoreception, to entrain the circadian oscillator. The
cellular oscillators and overall rhythmicity of the organism
are broken down into components that include a master
pacemaker and peripheral oscillators [76]. To integrate mul-
tiple sensory inputs, organisms that possess a nervous system
typically delegate the ability to sense environmental cues to a
central oscillator or pacemaker rather than to individual cells.
In mammals, sensory inputs to the clock are integrated in
the brain, where signals from the master pacemaker entrain
the oscillators in other tissues throughout the organism. Light
is perceived by nonvisual retinal ganglion cells that transmit
information via neural connections to the master pacemaker,
which is located in a region of the hypothalamus, the SCN.
The SCN pacemaker synchronizes oscillators in other tissues
by a mechanism that utilizes circadian input pathways from
the SCN to individual cells in the periphery. In addition to
maintaining the entrainment of peripheral oscillators by the
environment, this system ensures that cellular oscillations
within tissues are properly in phase to provide resonance
between individual cellular rhythms [77].

Melatonin acts as an important synchronizer inmammals
and provides temporal feedback to oscillators within the
SCN, which regulates the circadian phase and maintains
rhythmic stability [78]. Various studies in birds and mam-
mals, both in vitro and in vivo, have demonstrated that
melatonin adjusts the circadian “clock” by acting directly on
the molecular timing system [78, 79]. In humans, as in other
mammals, melatonin is presumed to influence circadian
rhythms by acting directly on receptors in the SCN [80].

For at least three decades, the cellular redox state in plants
and animals has been known to change over circadian time
[81], althoughmany chronobiologists have long assumed that
metabolic rhythms are a functional readout of the circadian
clock and that redox oscillators simply provide feedback to
the central TTL pacemaker [82].

Recent discoveries have, however, uncovered redox-
based circadian oscillators that are conserved across both
eukaryotic and prokaryotic species. Circadian rhythms in
ROS generation and scavenging have been observed in a
variety of species, including fungi [83], plants [84], and
animals [85]. Further evidence of the involvement of the
circadian clockwork in the regulation of redox systems is
supported by studies of mutants, where the deletion or dis-
ruption of clock genes also results in the perturbation of redox
systems. In mammals, 24 h oscillations in concentrations of
oxidized NADPH and the reduced form of FAD have been
observed in organotypic slices of the rodent SCN [86]. The
rhythms of these coenzymes are believed to be dependent
on the molecular clockwork because Bmal1−/− mice exhibit
stochastic, but not circadian, FAD, and NADPH rhythms.
These studies also revealed links between the redox state
and the membrane excitability of SCN neurons, given that

oxidizing and reducing agents can produce hyperpolarization
and depolarization, respectively. Redox-dependent modu-
lation of K+ channel conductance is believed to underlie
these oscillations [86]. All of these findings support complex
interdependence among the redox state, cellular energetics,
and circadian clockwork in mammals.

The links between circadian physiology, prooxidizing
changes in the redox state, as reflected by a decline in redox
potential, and the process of aging seem to be coherent and
well established [87]. Hence, in the present work, the OS
damage generated in the human eye and its relationship
with AMD is briefly discussed. Here, the impact of OS
from the accumulation of ROS, which is probably due to
circadian alterations, and its relevance to chronic pathologies,
is briefly reviewed, with a particular emphasis on retinal
neurodegenerative diseases such as AMD.

4. The Retina and Oxidative Stress

In humans, the retina is very prone to the generation of ROS
compared with other tissues. This structure is a photosensi-
tive tissue with high oxygen levels in the choroid and a high
metabolic rate that is also exposed to light. Furthermore, the
retina contains a higher concentration of PUFAs than other
body tissues [88]. Lipids in the outer segment membranes of
photoreceptors can be oxidized by radicals produced during
photonic activation, and the endogenous oxygen species
that are generated in the eyes through this process can
induce ROS-related acute or chronic retinal damage. All of
these factors, combined with the very high oxygen levels
in the choroid, the high metabolic rate, and the exposure
to light, make our retinas vulnerable to the effects of light,
especially to light of shorter wavelengths [89]. “Each day,
the retina of the average human absorbs approximately 1012
to 1015 photons, and this amount can be greatly increased
by the workplace, sunlight exposure, or medical imaging of
the retina during an eye examination. Such high levels of
exposure to visible light can cause irreparable damage to
the retina” [90]. Recently, Roehlecke et al. [91] demonstrated
that ROS are generated and OS occurs directly in the outer
segments of photoreceptors after blue light irradiation.

Among all of the retinal cell organelles, the mitochondria
are particularly sensitive to OS due to their handling of
electrons in the respiratory chain. In addition, after blue
light exposure, more electrons deviate from the respiratory
chain in the mitochondria, resulting in further damage. In
fact, inhibiting the mitochondrial transport chain in retinal
pigment epithelium (RPE) cells or adding mitochondria-
specific AOXs blocks ROS formation and cell death [89].
Furthermore, chromophores in general and cytochromes in
particular can be sources of ROS [36]. OS-induced inflam-
mation initiates a functional decline in tear production, and
dry eye is the first symptom of this type of damage to the eye
[92].

In the human eye, OS in the RPE is widely accepted
as a contributing factor for retinal disorders. The RPE, a
monostratified cell layer, constitutes the outer blood-retinal
barrier (BRB), controls fluid andmetabolic exchange between
the retina and the choriocapillaris, and participates in several
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functions linked to photoreceptor physiology, such as the
phagocytosis of shed photoreceptor outer segments and
transportation of molecules to and from the retina [93].

In addition, RPE cells release factors that control neuronal
survival and angiogenesis (e.g., pigment epithelium-derived
factor, PEDF) and that promote photoreceptor survival and
have an antiangiogenic effect on the choriocapillaris [94, 95].
The RPE secretes PEDF on the apical side; in contrast, the
angiogenic factor vascular endothelial growth factor (VEGF)
is secreted on the basolateral side to maintain fenestration
of the choriocapillaris. An imbalance in the expression of
PEDF and VEGF appears to be involved in ocular patholo-
gies. Because PEDF has antioxidative and antiangiogenic
properties, this factor may protect against vision-threatening
angiogenic mechanisms. In contrast, VEGF is generally
accepted as the most potent inducer of endothelial activation
and angiogenesis, a process in which new vessels develop
from the preexisting vasculature (for a review, see [96]).
Under ischemic or hypoxic conditions, which occur in many
neovascular diseases, retinal expression and production of
VEGF are dramatically increased [97, 98].

Theoxidation of polyunsaturated fats in the retina leads to
lipid peroxidation products such as carboxyethylpyrrole and
4-hydroxy-2-nonenal, which can form adducts with proteins
and accumulate in the outer retina and in drusen [99]. The
levels of AOXproteins such as catalase and SODare increased
in RPEhomogenates derived from the eyes of late-stageAMD
patients, indicating a response to increased OS in the eyes of
these patients [100].

As indicated in previous sections, the NOX [101] family of
enzymes has recently been recognized as a generator of ROS
in rod or cone photoreceptors after they are damaged due to
serum deprivation in a model of retinitis pigmentosa [102].
Roehlecke et al. [103] further demonstrated that blue light
irradiation results in increased superoxide anion production.

Lipofuscin is the generic name given to a heterogeneous
group of complex and autofluorescent bisretinoids, lipid per-
oxides, and proteins and to various fluorescent compounds
that are formed frommodified lipids or that are derived from
vitamin A. The major substrate for lipofuscin in the RPE is a
nondegradable end product that results from phagocytosis of
the photoreceptor outer segments, which are rich in PUFAs
and vitamin A. This substrate is located within the RPE,
where it accumulates in lysosomes with age. Lipofuscin is
a byproduct of the visual cycle [104, 105] that is produced
when phagocytosed material is not entirely degraded within
the RPE lysosomes, resulting in the accumulation of this
complex over time. Lipofuscin is continually exposed to
high oxygen tensions (70mmHg) and to visible light (400–
700 nm) during daylight hours, creating a prime environment
for the generation of ROS that have the potential to damage
cellular proteins and lipid membranes. Thus, lipofuscin is
a photoinducible generator of ROS that increases the risk
of oxidative injury [106]. A lipofuscin fluorophore, A2E,
is now known to mediate the blue light-induced apoptosis
of RPE cells, which inhibits the degradative capacity of
lysosomes and disrupts membrane integrity [107, 108]. This
complex phototoxic effect is wavelength-dependent; more
superoxide anions are generated in granules exposed to blue

light (400–520 nm) than in granules exposed to red light
(660–730 nm) or full white light [109]. Lipofuscin induces
the apoptosis of cultured RPE cells, leading to a decline in
mitochondrial activity that is associated with the transloca-
tion of cytochrome c, an apoptosis-inducing factor, and two
apoptosis-inducing proteins into the cytoplasm and nucleus
[110].

However, whether A2E or lipofuscin may impair lyso-
somal function is still controversial. Recently, Saadat et al.
[111] demonstrated thatA2E and impaired autophagymediate
RPE cell damage. These authors proposed that decreased
lysosomal capacity might also result in decreased autophagy
in RPE cells, which would not affect autophagosome bio-
genesis or fusion with lysosomes but would instead impair
the terminal stage of the degradation process. Thus, the
accumulation of A2E in aged RPE cells, in which autophagy
is already impaired, may result in RPE cell damage. The
authors also considered the possibility that A2E inhibited
lysosomal function, which then resulted in the accumulation
of autophagosomes rather than an increase in autophagic flux
through this pathway.

Some authors havemaintained [112] that the RPE secretes
apolipoprotein B particles into Bruch’s membrane and that
these particles accumulate with age and may in turn form a
lipidwall, a precursor of the basal linear deposit.Then, certain
constituents of the described aggregates may interact with
ROS, resulting in proinflammatory, peroxidized lipids and
leading to the upregulation of cytokines/chemokines, which
then promotes neovascularization. However, recent publica-
tions indicate that, in the RPE, OS is also capable of inducing
protective pathways, such as the phosphatidylinositide 3-
kinase (PI3K)/Akt and nuclear factor erythroid-2-related
factor 2 pathways. In addition, VEGF and neuroprotectin D1
signaling act to protect the retina [113, 114].

The phagocytosis of oxidized fatty acids from photore-
ceptor outer segments contributes to metabolic failure in the
RPE [115]. Importantly, the FR byproducts of mitochondrial
energy metabolism damage the RPE [116]. In addition, the
mitochondrial ETC generates superoxide radicals through
single-electron leaks at respiratory complexes I and III [18].

Flavin-dependent enzymes in the mitochondrial matrix
may also be large contributors of ROS [22]. Superoxide can
directly damage mitochondrial DNA, proteins, and lipids,
and it can also be converted to H

2
O
2
by manganese SOD in

the mitochondria [22]. The potential for RPE light damage
is influenced by a number of factors, including age, diurnal
fluctuations, and pathology [117].

Otherwise, circadian photoreception decreases with age
due to disruptions to circadian rhythms, age-related pupillary
miosis and reduced crystalline lens transmission, particularly
of blue light. Circadian studies have revealed loss of the
control of pupil size and the crystalline lens in aging subjects
[118].

5. ROS and Age-Related Macular
Degeneration (AMD)

AMD, a major cause of visual impairment in the elderly,
is linked to pathological changes involving the RPE. AMD
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Figure 2: Development of AMD. AMD is mainly due to photochemical damage and oxidative stress. In the figure, the progression of AMD
is represented by the cellular structure of the normal macula (left side), the dry AMD (center), and the wet AMD (right side). In the left side
of the image, the cells in the macula are normal. In the dry form of AMD (center), drusen impair the metabolic connection between the
choroid and the upper layers of macula, leading to the degeneration of the RPE and photoreceptors. In the wet form of AMD (right side), the
production of neovascular factors results in the formation of choroidal neovascularization (CNV) with subsequent fluid leakage and major
degeneration of the RPE and photoreceptors. In the normal ageing process, lipids accumulate in Bruch’s membrane, causing the membrane
to thicken and improving the oxidative distress. Moreover, Bruch’s membrane lacks an adequate intrinsic antioxidant system. Furthermore,
the lipids can bind the macrophages, inducing the secretion of vascular endothelial growth factor (VEGF). The production of inflammatory
factors improves the damage to the RPE and photoreceptors and induces the formation of functional microvascular networks (choroidal
neovascularization). Antioxidant factors might prevent the disease and delay its progression. In the upper portion of the image, the pool of
nutrients involved in the onset (left side) and progression (right side) of AMD are listed. From Zampatti et al. [131], with the permission of
the authors and Elsevier. Rightlinks License number is 3679500345328.

is a progressive neurodegenerative disease of the central
retinal area (macula lutea) and represents the most common
cause of legal blindness in industrialized countries [119].
Epidemiologic studies from several countries have shown a
dramatic increase in the prevalence and severity of AMD
with age. Despite intensive basic and clinical research, its
pathogenesis remains unclear, likely due to its multifactorial
nature [120]. In addition to the strong age dependence of the
disease, complex interactions between metabolic, functional,
genetic, and environmental factors create a platform for the
development of chronic changes in the ocular structures of
the macular region (e.g., choriocapillaris, Bruch’s membrane,
RPE, and photoreceptors), and changes in each of these
structures may contribute to varying degrees to the onset of
AMD (Figure 2). Photoreceptors renew their light-sensitive
outer segments continuously and shed their distal tips daily.
The adjacent RPE efficiently consumes shed photoreceptor
outer segment fragments (POSs) and recycles or digests their

components via phagocytosis [121]. Outer segment renewal
is crucial for the photoreceptor function and survival. Exper-
imental studies have demonstrated that a lack of efficient
POS phagocytosis by RPE cells in some rat strains causes
rapid photoreceptor degeneration [122]. A delay in POS
digestion can directly cause the accumulation of undigested
POS materials, such as lipofuscin, in the RPE, which is
detrimental to the RPE and the retina and may contribute to
the development or progression of AMD [123, 124].

Based on its clinical presentation, AMD is categorized
into early, intermediate, and late stages [125]. Early and inter-
mediate AMD are characterized by soft, yellowish deposits
that vary in size from small to large (drusen) and by
pigmentation changes in the macula, with little or no visual
loss. In late AMD, visual loss appears in two forms, that is,
neovascular AMD (also called “wet” or “exudative” AMD),
in addition to drusen and atrophy. This form of AMD is
characterized by the presence of edema and hemorrhage
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within or below the retina or RPE and geographic atrophy
(also called “dry” AMD). Currently, there are no treatments
for geographic atrophy, but neovascular AMD is treated with
VEGF inhibitors, which, although not curative, are often
effective in preventing severe visual loss [126]. The dry form,
also known as age-related maculopathy, is characterized by
the presence of drusen under the RPE that is accompanied
by either the loss or focal accumulation of melanin pigment.
This form of AMD is typically characterized by a progressive
course that leads to degeneration of the RPE and photorecep-
tors. The exudative form is linked to choroidal neovascular-
ization that is directed toward the subretinal macular region,
with subsequent bleeding and/or fluid leakage that can result
in a sudden loss of central vision. It is the most rapidly
progressing form of AMD. Both the atrophic and exudative
forms are associated with severe visual impairment [119].The
pathophysiology of AMD is complex, and, in addition to
genetic predispositions, at least 4 processes contribute to the
disease: lipofuscinogenesis, drusogenesis, local inflammation
and neovascularization (in the case of the wet form), and
immunological mechanisms [127].

The current pathophysiological conception of AMD
assigns a primary role to age-related, cumulative oxidative
damage to the RPE due to an imbalance between the gener-
ation and elimination of ROS [128]. In particular, lipofuscin
has been hypothesized to be the primary source of the ROS
responsible for both the cellular and extracellular matrix
alterations found in AMD [129, 130].

The accumulation of lipofuscin and other lipid peroxides
and potentially toxic substances may dramatically influence
RPE physiology, as described above. This accumulation
greatly reduces the phagocytic capacity, lysosomal enzyme
activities, and AOX potential of the human RPE in vitro
[133, 134]. The first clinical sign of early AMD is drusen, as
mentioned above. Drusen are lipid-rich, sub-RPE deposits
that contain a variety of proteins, including vitronectin,
components of the terminal complement cascade, and b-
amyloid [135, 136]. Microscopic analysis of eyes donated by
patients with AMD revealed lipid deposits within Bruch’s
membrane and apoptosis of RPE cells as features of the
disease that are distinct from normal aging. The advanced
form of dry AMD, which leads to geographic atrophy, was
characterized by breakdown of the RPE, the choriocapillaris,
and photoreceptors in regions of the retina, often where large
drusen were present [137]. Dysregulation of the phagocytosis
of oxidized fatty acids from photoreceptor outer segments
is a contributing factor to the metabolic failure of RPE cells
[115, 123]. In addition to all of these factors, the damage caused
by the FR byproducts of mitochondrial energy metabolism
has been implicated in age-related damage to the RPE [116].

As reviewed above, the mitochondrial ETC generates
superoxide radicals through single-electron leaks at respira-
tory complexes I and III [18], and flavin-dependent enzymes
in themitochondrialmatrixmay be large contributors of ROS
[29].

Otherwise, starvation and hypoxia, which can result
from poor perfusion, are generally associated with increased
amounts of ROS, which promote autophagy via several
complex signaling mechanisms [138] (Figure 3). In response

to OS, autophagy is significantly increased in an attempt
to remove oxidatively damaged organelles such as mito-
chondria. At this time, accumulating evidence linking the
impairment of autophagy with a range of age-related neu-
rodegenerative diseases, including AMD, has suggested that
autophagy occurs in the RPE to maintain homeostasis
because these cells are exposed to sustained OS. However,
insufficient digestion due to impaired autophagy or lysosomal
degradation in the RPE can lead to an accumulation of
damaged organelles, toxic proteins (including lipofuscin),
and extracellular drusen deposits, all of which can contribute
to RPE dysfunction or RPE cell death, which have been
associated with the pathogenesis of AMD [139]. In addition,
the AOXs of the retina (e.g., via macular molecules such as
lutein and zeaxanthin) are reduced in AMD [140].

5.1. VEGF and AMD. VEGF is the most potent inducer
of endothelial activation and angiogenesis. It is mainly
expressed in retinal neurons and glial cells and is present in
only scant amounts in blood vessels [141]. Under ischemic
conditions, retinal expression and production of VEGF is
increased [142]. This factor has also been implicated in
the development of retinal neovascularization in ischemic
retinopathies such as AMD [98]. Through a paracrine mech-
anism, VEGF binds to its cell-surface receptors, including
VEGFR1/Flt-1, VEGFR2/Flk-1/KDR, and VEGFR3, and pro-
motes endothelial cell survival, proliferation, migration, and
tubular structure formation [142]. Among these receptors,
VEGFR2 is the crucial receptor that mediates angiogenic
and vascular permeability, whereasVEGFR3mainlymediates
lymphangiogenic functions. The activation of VEGFR1 plays
a dual role and can either stimulate or inhibit angiogenesis,
whereas the activation of VEGFR2 seems to only stimulate
angiogenesis [143, 144].

Upon binding VEGF, VEGFR2 undergoes dimerization
and autophosphorylation, resulting in the activation of its
downstream kinases, including mitogen-activated protein
kinase (MAPK), ERK1/2, p38, JNK, and PI3K/Akt, and of
endothelial NO synthase (e-NOS), which may lead to further
alterations in endothelial cell survival, proliferation, and
migration. Recent reviews provide further information on
this important factor [145, 146].

A constant oxygen supply is clearly essential for proper
homeostasis and normal functioning in all retinal tissues.
Cellular responses to reduced oxygen levels are mediated
by the transcriptional regulator hypoxia-inducible factor-1
(HIF-1), a heterodimeric protein complex that consists of
an oxygen-dependent subunit (HIF-1𝛼) and a constitutively
expressed nuclear subunit (HIF-1𝛽). Under normoxic condi-
tions, de novo synthesized cytoplasmic HIF-1𝛼 is degraded
by the 26S proteasome. Under hypoxic conditions, HIF-1𝛼
is stabilized, binds to HIF-1𝛽, and activates the transcription
of various target genes. These genes play a key role in the
regulation of angiogenesis in various visual pathologies, such
as AMD [147].

5.2. AMD and the Complement Pathway. Growing evidence
indicates that AMD is downstreamof a chronic inflammatory
condition in which activation of the immune system plays
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Figure 3: Schematic presentation of the macroautophagy process in aged retinal pigment epithelial (RPE) cells. Oxidative stress, (ROS), and
hypoxia lead to protein damage and aggregation, which induces autophagy. The substrate (cargo) for autophagy is degraded by lysosomal
acid hydrolases, including cathepsins D, B, and L, after the fusion of lysosomes and autophagosomes to form autolysosomes. Rab7, LAMP-
2A, and SNARE proteins are critical for the lysosome and autophagosome fusion process. Ubiquitin (Ub), LC3II, and p62 are complexed to
the cargo and connect autophagy to the proteasomal clearance system. Macroautophagy is prevented in AMD because lysosomal lipofuscin
disturbs cathepsin activity and autophagy flux. Fusion mechanisms in the RPE cells are under investigation. From Blasiak et al. [132], with
the permission of the authors.

an important role. Metabolic products accumulate in the
extracellular space between Bruch’s membrane and the RPE
and activate the complement system through a significant
increase in OS, similar to the processes that occur in
atherosclerosis or Alzheimer’s disease [148]. These findings
as well as those of many studies over the past decade have
changed the understanding of the molecular mechanisms
underlying AMD and led scientists to explore the targeting of
specific molecular components of the complement pathway
[149–153]. The complement system is a major component of
innate immunity that plays a role in defense against invading
microorganisms, the clearance of apoptotic cells, and the
modulation of immune responses [154]. The complement
cascade’s four activation pathways converge upon a common
terminal pathway that culminates in the formation of the
cytolytic membrane attack complex (MAC). Binding of
circulating C1q to antigen antibody complexes activates the
classical pathway.The lectin pathway is activated by mannan-
binding lectin following its recognition of, and binding
to, molecular patterns on pathogen surfaces. The recently
characterized intrinsic pathway is activated by proteases that
cleave C3 and C5 directly. In contrast to the other three path-
ways, the alternative pathway is continuously active at a low
level and is characterized by the spontaneous hydrolysis of C3
into the C3a and C3b fragments. C3b binds complement fac-
tor B (CFB), and once bound, CFB is cleaved by complement

factor D (CFD) into Ba and Bb, thereby forming the active C3
convertase (C3bBb). C3bBb cleaves additional C3 molecules,
which generates more C3a and C3b and thereby promotes
further amplification of the cascade. In addition to the 30
or more complement components and fragments, numerous
soluble and membrane-bound regulatory proteins modulate
the complement system [153]. Complement factorH (CFH) is
an important regulatory complement protein and is a major
inhibitor of the alternative complement cascade that prevents
excessive activation of the complement components. CFH
regulates complement activity by inhibiting the activation of
C3 to C3a and C3b and by inactivating existing C3b [154].

The discovery that drusen contain alternative comple-
ment pathway proteins led to the hypothesis that drusen
could be involved in local complement-mediated inflam-
mation [153]. The reports of an association between AMD
and genetic variants in the cfh gene, a major inhibitor of
the alternative pathway, support the inflammation model
[154]. Other AMD risk variants have been found in genes
underlying the alternative pathway, principally the formation
of unstable C3 convertase, C3bBb, which cleaves C3 to
generate the active segment C3b. Deposition of C3b on the
target surface triggers the effectormolecules C3a andC5a and
theMAC, resulting in inflammation and cell lysis. In addition
to CFH, several other AMD risk variants have been identified
in genes underlying the alternative pathway. Variations in the
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factor B (BF) and complement component 2 (C2) genes are
also associated with AMD [155].

A third line of evidence in support of complement
involvement in AMD was provided by studies that showed
that AMD patients have higher levels of complement activa-
tion products in their blood [156].

In 2001, data collected from the Age-Related Eye Disease
Study (AREDS) revealed that patients who were treated with
zinc, either alone or in combination with vitamins, displayed
reduced progression to advanced AMD. AREDS results led
to the recommendation that persons who are older than 55
years of age and who are at risk of developing advanced
AMD should consider taking vitamin supplements plus zinc.
Aprevious report published by theBlueMountains Eye Study,
a population-based study, confirmed the beneficial effect of
zinc in AMD patients [157]. A recent study also provided
evidence that daily administration of 50mg of zinc sulfate can
inhibit complement involvement in AMD patients who have
increased complement activation [158].

5.3. AMD, RPE, and Daily and Circadian Rhythms. The reti-
nal circadian system involves a unique structure. It contains
a complete circadian system with multiple generation sites
of numerous circadian rhythms, each of which deserves its
own review. However, in the vertebrate retina, the intimate
reciprocal relationship that exists between the neural retina
and the underlying RPE is crucial for vision, while the
diurnal and circadian rhythmicity of the RPE is critical for
photoreceptor support and retinal function. Thus, in this
section, we briefly review some of the rhythmic functions of
the RPE that contribute to normal and pathological vision.

The association between AMD and biological rhythms
has been poorly studied; however, there is a strong link
between ocular physiology and circadian rhythms in both
humans and animals. The renewal and elimination of aged
photoreceptor outer segment tips by cells from the RPE is a
daily rhythmic process that is crucial for long-term vision.
Photoreceptors indefinitely renew their light-sensitive outer
segments by disk shedding and the subsequent formation
of new disks from the cilium of the inner segment. In
higher vertebrates, outer segment renewal is synchronized by
circadian rhythms [121, 159].

This shedding occurs once per day. In mice and rats,
rod shedding is synchronized with light onset [160, 161]. To
maintain the constant length of photoreceptors, the outer
segment needs to be shed, and the formation of new outer
segments must be coordinated.

The task of the adjacent RPE is to absorb shed POSs
by phagocytosis and to recycle or digest their components.
Outer segment renewal is crucial for photoreceptor function
and survival, and a lack of efficient phagocytosis is sufficient
to cause rapid photoreceptor degeneration by disk shed-
ding [121, 162]. Photoreceptor disk shedding and subsequent
phagocytosis by the RPE must be precisely regulated [163].
Alterations, such as delayed termination of shedding or
defective digestion in the RPE, can cause the accumulation of
lipofuscin [123]. Outer segment renewal and RPE phagocyto-
sis are synchronized under circadian control and are triggered
by the dark/light periods of the daily rhythm [163, 164].

Studies in higher vertebrates have revealed differences
between cone- and rod-dominant species. Rod shedding
mainly occurs in the morning, resulting in complementary
RPE phagocytic activity by an increased number of phago-
somes within the first 2 h after light onset, whereas cone
shedding is more variable and mainly occurs either during
the night or during the first 2 h after light onset [163, 164]. Any
disruption in this process causes photoreceptor dysfunction
andblindness in animalmodels and retinal disease in humans
[93]. The synchronization of shedding with light seems to
be crucial to photoreceptor physiology and survival because
the accumulation of undigested material is detrimental to
the RPE and retina and may contribute to the development
or progression of AMD [123, 124]. These rhythms that
synchronize with light are perceived by photosensitive retinal
ganglion cells that contain the pigment melanopsin. Daily
information is transmitted to the master circadian oscillator
located in the SCN via the retinohypothalamic tract [66].
The action spectrum of light information for the circadian
biological rhythm shows a peak at a shorter wavelength
(464 nm) than that for visual information (approximately
555 nm).

Pivotal studies [161–164] have conclusively demonstrated
that, in the rat retina, the diurnal rhythmof rodPOS shedding
and RPE phagocytosis is under circadian regulation. The
mammalian retina displays persistent rhythmic activity even
when it is isolated from the brain. In rats with transected
nerves, POS shedding and RPE phagocytosis continue diur-
nally despite the loss of synaptic connections between the
eye and the brain, suggesting that this rhythm is generated
and controlled locally in the eye [165]. However, this rhythm
cannot be reset by light unless the optic nerve remains intact
[166]. Thus, the circadian renewal of POS involves both local
control within the retina and central regulation by the brain.

The cellular and molecular mechanisms that underlie
circadian regulation of shedding/phagocytosis are complex
and are not the subject of this review. Numerous genes,
proteins and signaling pathways play important roles in the
engulfment of POS and the subsequent lysosomal degrada-
tion of spent photoreceptor disks within the RPE.

The lack of POS phagocytosis or digestion leads to pho-
toreceptor dystrophy and blindness [122] due to the absence
of the engulfment activity of the RPE. In rats that are deficient
in MerTK, this absence causes dramatic and early onset
retinal degeneration [122, 167]. Because the ingestion rate of
POS by RPE cells exhibits a pronounced circadian rhythm
that peaks around subjective dawn in both rat and mouse
strains [159, 168], Prasad and colleagues [169] suggested that
a feature of the TAM receptor system, such as ligand and/or
receptor expression levels, might be regulated as a function of
position in the circadian cycle.

Despite our vast knowledge of circadian biology and
angiogenesis, the role of the circadian clock in the regulation
of angiogenesis and vascular patterning remains poorly
understood. Experimental animal models may help define
the relationships between circadian rhythms and some retinal
pathologies, such as AMD. Jensen et al. [170] showed that
disruption of the circadian clock by both constant exposure
to light and genetic manipulation of key genes in zebrafish
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led to impaired developmental angiogenesis. The disruption
of crucial circadian regulatory genes, including Bmal1 and
Period2, resulted in either marked impairment or enhance-
ment of vascular development. At the molecular level, these
authors showed that the circadian regulator Bmal1 directly
targets the promoter region of the vegf gene in zebrafish,
leading to elevated VEGF expression. Interestingly, deletion
of these E-boxes in the promoter region of the zebrafish vegf
gene resulted in inactivation of the promoter. These findings
can be reasonably extended to developmental angiogenesis in
mammals and even to pathological angiogenesis in humans
[171]. Disruption of the circadian clock systemnot only affects
the physiological activity of an organism but also often leads
to the onset, development and progression of various diseases
[172].

An important circadian hormone that is involved in
vertebrate retinal circadian rhythms is melatonin, which is
synthesized and produced by photoreceptors and shows a
clear daily rhythm, with an acrophase at night [173]. This
indolamine seems to have protective effects on other retinal
cell types, including RPE cells and photoreceptors. Melatonin
protects cultured RPE cells from OS and ischemia-induced
cell death [174, 175]. Several studies have reported that mela-
tonin is involved in the pathogenesis ofAMD. In 2005, Yi et al.
[176] reported that daily administration of melatonin (3mg)
may protect the retina and delay the progression of AMD.
Rosen et al. [177] reported that the production of melatonin
is decreased in AMD patients compared with age-matched
controls, suggesting that a deficiency inmelatoninmay play a
role in the occurrence of AMD. A further indication of the
possible role of melatonin in age-related pathologies is the
observation that retinalmelatonin synthesis decreases during
aging. In 2012, Tosini et al. [178] proposed that melatonin
could affect the circadian clocks in photoreceptors and RPE
cells and could thereby affect metabolism in these cells.

Melatonin and dopamine, two regulatory signals that play
important roles in retinal physiology, have been proposed
to be involved in the control of circadian POS shedding
and RPE phagocytosis. In the retina, the production and
release of melatonin and dopamine are under circadian
control [179, 180]. Although there is insufficient clinical and
experimental evidence to demonstrate a direct relationship
between melatonin, circadian rhythms, and AMD, some
reports have suggested that the melatonin rhythm is reversed
in AMD patients [181].

6. Conclusion

This review highlights the role of OS as one of the main
causes of AMD etiologies. In this retinal disease, as in other
metabolic and degenerative pathologies, complex interac-
tions amongmetabolic, functional, genetic, and environmen-
tal factors create a platform for the development of chronic
changes in the ocular structures of the macular region in
addition to a strong age dependence. In addition to genetic
predispositions, at least four processes contribute to the
disease: lipofuscinogenesis, drusogenesis, local inflammation
and neovascularization (in the case of the wet form), and
immunological mechanisms.

The current pathophysiological conception of AMD
assigns a primary role to the age-related, cumulative oxida-
tive damage to the RPE that occurs due to an imbalance
between the generation and elimination of ROS. In particular,
lipofuscin has been hypothesized to be the primary source
of ROS and to be responsible for both the cellular and
extracellular matrixes alterations in AMD. However, there
may also be an association between the increasing levels of
environmental sun radiation, especially short wavelengths in
the violet and blue spectrum, due to both the ozone hole
and climate change over the last decades, particularly given
that AMD remains the leading cause of irreversible vision
loss among the elderly in developed nations. In 2004, the
overall global prevalence of AMD was approximately 8.7
percent, and the number of AMD patients was projected
to rise to 196 million people worldwide by 2020 and to
288 million by 2040 [182]. Interestingly, the association
between AMD and circadian rhythms, particularly different
RPE rhythms, suggests a role for the circadian clock in
AMD-related circadian abnormalities, which have generally
been considered to be a consequence of neurodegeneration.
However, recent evidence suggests that circadian disruption
might actually contribute to the degenerative process and
thus might be a modifiable cause of cell or neural injury.

Circadian clock genes have been shown to regulate VEGF
signaling in tumorigenesis [183], and dopamine has been
shown to modulate the effects of VEGF receptor activation
on vascular endothelial cells [184, 185]. Recent results also
indicate thatPeriod genesmay play a similar role in regulating
vascularization signals in the retina in retinopathy disease
models [186]. Regardlessly, retinal clock gene expression is
disrupted in proliferative neovascularizing diseases [187].

Although circadian disturbances due to aging and neu-
rodegenerative diseases have been duly noted, a key question
is whether these disturbances influence the pathology of
AMD.This question deserves further investigation.
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[7] P. Pospı́šil, A. Prasad, and M. Rác, “Role of reactive oxygen
species in ultra-weak photon emission in biological systems,”
Journal of Photochemistry and Photobiology B: Biology, vol. 139,
pp. 11–23, 2014.

[8] B. I. Kruft and A. Greer, “Photosensitization reactions in vitro
and in vivo,” Photochemistry and Photobiology, vol. 87, no. 6, pp.
1204–1213, 2011.

[9] F. Liebel, S. Kaur, E. Ruvolo, N. Kollias, and M. D. Southall,
“Irradiation of skin with visible light induces reactive oxygen
species and matrix-degrading enzymes,” Journal of Investigative
Dermatology, vol. 132, no. 7, pp. 1901–1907, 2012.

[10] G. R. Buettner, “Molecular targets of photosensitization—some
biological chemistry of singlet oxygen,” in Photobiology Sciences
on Line, K. C. Smith, Ed., American Society for Photobiology,
2011, http://www.photobiology.info/Buettner.html.

[11] J. R. Kanofsky, “Measurement of singlet-oxygen in vivo:
progress and pitfalls,” Photochemistry and Photobiology, vol. 87,
no. 1, pp. 14–17, 2011.

[12] D. Ziech, R. Franco, A. Pappa, and M. I. Panayiotidis,
“Reactive oxygen species (ROS)—induced genetic and epige-
netic alterations in human carcinogenesis,”Mutation Research/
Fundamental and Molecular Mechanisms of Mutagenesis, vol.
711, no. 1-2, pp. 167–173, 2011.

[13] M. D. Evans, M. Dizdaroglu, and M. S. Cooke, “Oxidative
DNA damage and disease: induction, repair and significance,”

Mutation Research/Reviews in Mutation Research, vol. 567, no.
1, pp. 1–61, 2004.

[14] I. Dalle-Donne, R. Rossi, D. Giustarini, A. Milzani, and R.
Colombo, “Protein carbonyl groups as biomarkers of oxidative
stress,” Clinica Chimica Acta, vol. 329, no. 1-2, pp. 23–38, 2003.

[15] P. Pacher, J. S. Beckman, and L. Liaudet, “Nitric oxide and
peroxynitrite in health and disease,” Physiological Reviews, vol.
87, no. 1, pp. 315–424, 2007.

[16] B. G. Hill, B. P. Dranka, S. M. Bailey, J. R. Lancaster Jr., and
V. M. Darley-Usmar, “What part of NO don’t you understand?
Some answers to the cardinal questions in nitric oxide biology,”
The Journal of Biological Chemistry, vol. 285, no. 26, pp. 19699–
19704, 2010.

[17] J. F. Turrens, “Mitochondrial formation of reactive oxygen
species,” The Journal of Physiology, vol. 552, no. 2, pp. 335–344,
2003.

[18] M.D. Brand, “The sites and topology ofmitochondrial superox-
ide production,” Experimental Gerontology, vol. 45, no. 7-8, pp.
466–472, 2010.

[19] J. Guo and B. D. Lemire, “The ubiquinone-binding site of the
Saccharomyces cerevisiae succinate-ubiquinone oxidoreductase
is a source of superoxide2,” Journal of Biological Chemistry, vol.
278, no. 48, pp. 47629–47635, 2003.

[20] M. P. Paranagama, K. Sakamoto, H. Amino, M. Awano, H.
Miyoshi, and K. Kita, “Contribution of the FAD and quinone
binding sites to the production of reactive oxygen species from
Ascaris suummitochondrial complex II,”Mitochondrion, vol. 10,
no. 2, pp. 158–165, 2010.

[21] V. Yankovskaya, R. Horsefield, S. Törnroth et al., “Architecture
of succinate dehydrogenase and reactive oxygen species gener-
ation,” Science, vol. 299, no. 5607, pp. 700–704, 2003.

[22] C. L.Quinlan, R. L. S. Goncalves,M.Hey-Mogensen,N. Yadava,
V. I. Bunik, and M. D. Brand, “The 2-oxoacid dehydrogenase
complexes in mitochondria can produce superoxide/hydrogen
peroxide at much higher rates than complex I,” Journal of
Biological Chemistry, vol. 289, no. 12, pp. 8312–8325, 2014.

[23] Y. Liu, G. Fiskum, and D. Schubert, “Generation of reactive
oxygen species by the mitochondrial electron transport chain,”
Journal of Neurochemistry, vol. 80, no. 5, pp. 780–787, 2002.

[24] J. Hirst, J. Carroll, I. M. Fearnley, R. J. Shannon, and J. E.Walker,
“The nuclear encoded subunits of complex I from bovine heart
mitochondria,” Biochimica et Biophysica Acta, vol. 1604, no. 3,
pp. 135–150, 2003.

[25] M. P. Murphy, “How mitochondria produce reactive oxygen
species,” Biochemical Journal, vol. 417, no. 1, pp. 1–13, 2009.

[26] C. Gleason, S. Huang, L. F. Thatcher et al., “Mitochondrial
complex II has a key role in mitochondrial-derived reactive
oxygen species influence on plant stress gene regulation and
defense,” Proceedings of the National Academy of Sciences of the
United States of America, vol. 108, no. 26, pp. 10768–10773, 2011.

[27] C. L. Quinlan, A. L. Orr, I. V. Perevoshchikova, J. R. Treberg,
B. A. Ackrell, and M. D. Brand, “Mitochondrial complex II
can generate reactive oxygen species at high rates in both the
forward and reverse reactions,” Journal of Biological Chemistry,
vol. 287, no. 32, pp. 27255–27264, 2012.
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[87] A. Bednářová, D. Kodŕık, andN. Krishnan, “Nature’s timepiece-
molecular coordination ofmetabolism and its impact on aging,”
International Journal of Molecular Sciences, vol. 14, no. 2, pp.
3026–3049, 2013.

[88] N. G. Bazan, “Survival signaling in retinal pigment epithelial
cells in response to oxidative stress: significance in retinal
degenerations,”Advances in ExperimentalMedicine and Biology,
vol. 572, pp. 531–540, 2005.

[89] A. King, E. Gottlieb, D. G. Brooks, M. P. Murphy, and J.
L. Dunaief, “Mitochondria-derived reactive oxygen species
mediate blue light-induced death of retinal pigment epithelial
cells,” Photochemistry and Photobiology, vol. 79, no. 5, pp. 470–
475, 2004.

[90] J. J. Hunter, J. I. W. Morgan, W. H. Merigan, D. H. Sliney, J. R.
Sparrow, and D. R. Williams, “The susceptibility of the retina
to photochemical damage from visible light,” Progress in Retinal
and Eye Research, vol. 31, no. 1, pp. 28–42, 2012.

[91] C. Roehlecke, U. Schumann, M. Ader et al., “Stress reaction in
outer segments of photoreceptors after blue light irradiation,”
PLoS ONE, vol. 8, no. 9, Article ID e71570, 2013.

[92] Y. Uchino, T. Kawakita, M. Miyazawa et al., “Oxidative stress
induced inflammation initiates functional decline of tear pro-
duction,” PLoS ONE, vol. 7, no. 10, Article ID e45805, 2012.

[93] O. Strauss, “The retinal pigment epithelium in visual function,”
Physiological Reviews, vol. 85, no. 3, pp. 845–881, 2005.

[94] D. W. Dawson, O. V. Volpert, P. Gillis et al., “Pigment
epithelium-derived factor: a potent inhibitor of angiogenesis,”
Science, vol. 285, no. 5425, pp. 245–248, 1999.

[95] G. L. King and K. Suzuma, “Pigment-epithelium-derived
factor—a key coordinator of retinal neuronal and vascular
functions,” The New England Journal of Medicine, vol. 342, no.
5, pp. 349–351, 2000.

[96] A. N. Witmer, G. F. J. M. Vrensen, C. J. F. Van Noorden,
and R. O. Schlingemann, “Vascular endothelial growth factors
and angiogenesis in eye disease,” Progress in Retinal and Eye
Research, vol. 22, no. 1, pp. 1–29, 2003.

[97] Y. Yoshida, S.-I. Yamagishi, T. Matsui et al., “Protective role
of pigment epithelium-derived factor (PEDF) in early phase
of experimental diabetic retinopathy,” Diabetes/Metabolism
Research and Reviews, vol. 25, no. 7, pp. 678–686, 2009.

[98] J. Y. Do, Y. K. Choi, H. Kook, K. Suk, I. K. Lee, and D. H. Park,
“Retinal hypoxia induces vascular endothelial growth factor
through induction of estrogen-related receptor 𝛾,” Biochemical
and Biophysical Research Communications, vol. 460, no. 2, pp.
457–463, 2015.

[99] J. G. Hollyfield, V. L. Bonilha, M. E. Rayborn et al., “Oxidative
damage-induced inflammation initiates age-related macular
degeneration,”NatureMedicine, vol. 14, no. 2, pp. 194–198, 2008.

[100] A. Decanini, C. L. Nordgaard, X. Feng, D. A. Ferrington, and
T. W. Olsen, “Changes in select redox proteins of the reti-
nal pigment epithelium in age-related macular degeneration,”



16 Oxidative Medicine and Cellular Longevity

American Journal of Ophthalmology, vol. 143, no. 4, pp. 607–615,
2007.

[101] K. Bedard and K.-H. Krause, “The NOX family of ROS-
generatingNADPHoxidases: physiology and pathophysiology,”
Physiological Reviews, vol. 87, no. 1, pp. 245–313, 2007.

[102] L. Bhatt, G. Groeger, K. McDermott, and T. G. Cotter, “Rod and
cone photoreceptor cells produce ROS in response to stress in
a live retinal explant system,”Molecular Vision, vol. 16, pp. 283–
293, 2010.

[103] C. Roehlecke, U. Schumann, M. Ader, L. Knels, and R. H. W.
Funk, “Influence of blue light on photoreceptors in a live retinal
explant system,”Molecular Vision, vol. 17, pp. 876–884, 2011.

[104] H. E. P. Bazan, N. G. Bazan, L. Feeney-Burns, and E. R. Berman,
“Lipids in human lipofuscin-enriched subcellular fractions of
two age populations. Comparison with rod outer segments and
neural retina,” Investigative Ophthalmology & Visual Science,
vol. 31, no. 8, pp. 1433–1443, 1990.

[105] K.-P. Ng, B. Gugiu, K. Renganathan et al., “Retinal pigment
epithelium lipofuscin proteomics,” Molecular & Cellular Pro-
teomics, vol. 7, no. 7, pp. 1397–1405, 2008.

[106] J. Wassell, S. Davies, W. Bardsley, and M. Boulton, “The pho-
toreactivity of the retinal age pigment lipofuscin,” The Journal
of Biological Chemistry, vol. 274, no. 34, pp. 23828–23832, 1999.
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Ultraviolet radiation is themain cause ofDNAdamage tomelanocytes and development ofmelanoma, one of themost lethal human
cancers, which leads to metastasis due to uncontrolled cell proliferation and migration.These phenotypes are mediated by RhoA, a
GTPase overexpressed or overactivated in highly aggressive metastatic tumors that plays regulatory roles in cell cycle progression
and cytoskeleton remodeling. This work explores whether the effects of UV on DNA damage, motility, proliferation, and survival
of human metastatic melanoma cells are mediated by the RhoA pathway. Mutant cells expressing dominant-negative (MeWo-
RhoA-N19) or constitutively active RhoA (MeWo-RhoA-V14) were generated and subjected to UV radiation. A slight reduction
in migration and invasion was observed in MeWo and MeWo-RhoA-V14 cells but not in MeWo-RhoA-N19 cells, which presented
inefficient motility and invasiveness associated with stress fibers fragmentation. Proliferation and survival of RhoA-deficient cells
were drastically reduced by UV compared to cells displaying normal or high RhoA activity, suggesting increased sensitivity to
UV. Loss of RhoA activity also caused less efficient DNA repair, with elevated levels of DNA lesions such as strand breaks and
cyclobutane pyrimidine dimers (CPDs). Thus, RhoA mediates genomic stability and represents a potential target for sensitizing
metastatic tumors to genotoxic agents.

1. Introduction

Among the broad range of skin cancers, melanoma
accounts for less than 2% of skin cancer cases. However,
melanoma is the cause of the vast majority of skin cancer-
related deaths. According to the American Cancer Society,
approximately 76,100 new melanoma cases were diagnosed
and approximately 9,710 people were expected to die of this
type of skin cancer in the United States in 2014 (http://www
.cancer.org/cancer/skincancer-melanoma/detailedguide/mel-
anoma-skin-cancer-key-statistics).The rate of melanoma has
been dramatically increasing over the last thirty years, and
even more alarmingly the incidence of melanoma is growing
in children [1, 2].

Exposure to solar radiation is a major cause of skin can-
cers [3]. Within the spectrum of electromagnetic radiation
comprising the solar spectrum, the ultraviolet (UV) region is

considered to be highly genotoxic [4]. UV radiation exposure
causes damage to many different biomolecules, but DNA is
by far the most affected molecule. The promotion of DNA
damage by nonionizing radiation, such as UV light, primarily
induces lesions via the direct absorption of photons by DNA
bases.The ultraviolet radiation spectrum is divided into UVA
radiation (315–400 nm), UVB radiation (270–315 nm), and
UVC radiation (100–280 nm). UVB and UVC light induce
the formation of cyclobutane pyrimidine dimers (CPDs)
and pyrimidine(6-4)pyrimidone photoproducts (6-4 PPs),
whereas UVA light primarily causes oxidative DNA damage
via the formation of 8-oxo-7,8-dihydroguanine (8-oxoG) and
cyclobutane thymidine dimers [5, 6], potentially leading to
single-strand breaks and other interstrand cross-links (ICLs)
in DNA [7].

UVB radiation, which has been associated with the
induction of nonmelanoma skin cancer, is considered to be
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more carcinogenic than UVA radiation. UVA radiation is
more abundant in sunlight and can penetrate deeper into the
skin compared to UVB radiation. However, UVA radiation is
not significantly absorbed by native DNA and is less efficient
in inducing direct DNA damage. UVA radiation might
indirectly damage DNA via its absorption by non-DNA
endogenous sensitizers and via the formation of reactive oxy-
gen species [8, 9]. UVC radiation, which is generally absorbed
by oxygen and ozone in the atmosphere, does not reach the
surface of the earth and is less harmful to human’s skin.
Although UVC radiation does not generate reactive oxygen
species, this type of radiation has been found to be highly
energetic and has become a useful tool for the destruction of
many microorganisms, as it is technically simple to generate
high doses of UVC radiation at a wavelength (254 nm)
approximating the absorption maximum of DNA [10].

The development of metastatic melanoma from normal
melanocytes, which typically adhere to the basal membrane
of normal skin, is initiated by the selection of a common
acquired benign nevus that exhibits aberrant proliferation
and that overcomes cellular senescence, resulting in dys-
plasia. Subsequently, these cells progress to a superficial
spreading stage (radial growth phase, RGP) that is confined
to the epidermis, and these cells show low invasive potential.
However, RGP cells acquire the ability to invade the dermis
(vertical growth phase, VGP) and tometastasize [11, 12]. It has
long been suggested that motility is necessary and obligatory
for tumor cell metastasis [13]. After passing through the basal
lamina, tumor cells migrate through the extracellular matrix
over long distances for efficient dissemination via blood
and lymphatic vessels. Based on the formation of F-actin-
rich protrusions that enable forward extension to adhere to
their surroundings followed by contraction of their trailing
end, tumor cells use both collective motility and single-cell
motility based on in vivo experiments. The formation of
membrane protrusions requires actin polymerization, and
in invasive tumor cells this signaling pathway is altered to
increase motility [14, 15].

Rho-family GTPases have been directly associated with
motility and protrusion formation via the activation of
signaling targets that direct upstream actin cytoskeleton-
modifying proteins. Among the 20 members of this GTPase
family, RhoA has been shown to play key roles in cytoskele-
tal dynamics, such as the regulation of cell adhesion and
migration [16]. However, RhoA exerts pleotropic effects on
cellular metabolism via the regulation of gene transcription,
cell differentiation and proliferation, and the cell cycle, and
these effects are particularly obvious during the establishment
and development of human and mouse tumors [17].

However, the involvement of RhoA in melanoma cell
metastasis following exposure to UV light deserves further
exploration and understanding. The first report associat-
ing Rho GTPase activity with UV radiation-induced DNA
damage in human cells and DNA repair signaling pathways
showed that RhoB is an early-response gene induced by
DNAdamage agentswhich participates in the initial signaling
events in response to genotoxic stress promoted by UVB
radiation [18]. Studies have also shown that, in keratinocytes,

RhoE acts as a protective factor against UVB radiation-
induced damage [19], and it was only recently shown that
miR-340 regulates UVB light-induced dendrite formation via
the downregulation of RhoA protein and mRNA expression
in melanocytes [20]. Moreover, cross talk between DNA
damage and cytoskeletal dynamics directly involving RhoA
and the regulation of cell proliferation and survival were
shown in two reports using bacterial cytolethal distending
toxins (CDTs) as cytotoxic agents for the promotion of DNA
double-strand breaks, which, in turn, led to ATM- and FEN1-
dependent RhoA activation under conditions of carcinogen-
esis triggered by chronic bacterial infection [21, 22].

Based on this strong experimental evidence, the aims of
the present study were to examine the correlations between
RhoA activity and DNA damage and repair under genotoxic
stress promoted by radiation consisting of each one of
the three UV wavelengths (A, B, or C) and to determine
whether the modulation of RhoA impacts on the motility,
invasiveness, and proliferation of humanmelanoma cell lines.
Thus, the cross talk between RhoA activity and genomic sta-
bility may suggest this GTPase as a potential target for
the sensitization of melanomas to radio-chemotherapies for
cancer treatments [23, 24].

2. Materials and Methods

2.1. Cell Culture. The human melanoma cell line, which was
derived from a metastatic site on a lymph node (MeWo
lineage, HTB-65), was obtained from the American Type
Culture Collection (Manassas, VA,USA) andwasmaintained
in RPMI-1640 medium (Invitrogen, Carlsbad, CA, USA)
containing 10% fetal bovine serum (Cultilab, Campinas, SP,
Brazil) at 37∘C in 5% CO

2
in a Sanyo model MCO-19AIC

(UV) incubator (Sanyo,Osaka, Japan).MeWocell cloneswere
generated via transfection (using Lipofectamine) with the
packaging cell line ΦNX-Ampho (Phoenix) and a plasmid
containing RhoA cDNA (mutated at the V14 position (active
RhoA) or at the N19 position (dominant-negative RhoA))
cloned into the retroviral vector pCM (pCLNCX backbone).
The plasmids were packaged into retroviral particles con-
tained in the viral vector supernatant (>106 c.f.u.), and these
retroviral particles were used to transduce or infect MeWo
cells in the presence of 4𝜇g/mL polybrene (Sigma-Aldrich,
St. Louis, MO, USA) for 24 h. Infected cells (clones) were
selected in culture medium containing the antibiotic G418
(400 𝜇g/mL) because the pCM vector carries a neomycin
resistance gene [25]. Mutant clonal cells were maintained
in RPMI-1640 medium (Invitrogen, Carlsbad, CA, USA)
containing 10% fetal bovine serum and 100 𝜇g/mL G418.

2.2. UV Radiation Treatments. MeWo cells and mutant cells
expressing dominant-negative RhoA (MeWo-RhoA-N19) or
constitutively active RhoA (MeWo-RhoA-V14) were sub-
jected to UV irradiation using the following procedure: the
cell culture medium was replaced with PBS, and the cells
were exposed to UV radiation lamps at specific wavelengths
corresponding to UVA (365 nm), UVB (302 nm), or UVC
(260 nm) radiation for the necessary exposure duration to
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reach an intensity of 50KJ/m2 UVA, 80 J/m2 UVB, or 4 J/m2
UVC, respectively. These conditions were determined and
monitored using a model VLX-3W dosimeter (Vilber Lour-
mat, Eberhardzell, Baden-Württemberg, Germany) coupled
to specific probes for each wavelength; this instrument dis-
played an accuracy of +/−5%. Following each treatment, the
culture medium was replaced, and the cells were incubated
for the indicated periods prior to further analyses.

2.3. Generation of Rhotekin-Binding Domain-Glutathione S-
Transferase (RBD-GST) Fusion Proteins. E. coli (BL21) bacte-
ria were transformed with the plasmid carrying RBD-GST (a
kind donation from Gary M. Bokoch of the Scripps Research
Institute, La Jolla, CA, USA) via thermal shock. Subsequently,
the transformed bacteria were plated on LAmedium contain-
ing 100 𝜇g/mL ampicillin and incubated at 37∘C. A colony
of transformed E. coli (BL21) bacteria was inoculated into
200mL of LB medium. The inoculum was incubated for 18 h
at 37∘C under constant agitation (200 rpm). Subsequently,
this culture was inoculated into 2 L of LB medium, and the
cell culture was maintained at 37∘C under constant agitation
until reaching an optical density of approximately 0.6. RBD-
GST expression was induced by adding isopropyl 𝛽-D thio-
galactopyranoside (IPTG, 0.5mM), followed by incubation at
37∘C for 2 h, and the cells were recovered via centrifugation
(8,000 rpm for 10min at 4∘C). The pellet was resuspended
in 20mL of lysis buffer (50mM Tris, pH 7.5; 150mM NaCl;
5mM MgCl

2
; 1% Triton X-100; 1mM DTT; 10 𝜇g/mL apro-

tinin; 10 𝜇g/mL leupeptin; and 1mM PMSF) and sonicated
on ice by applying 8 cycles of 2min at 50% amplitude and
a pulse protocol of 15 sec on and 30 sec off. Following lysis,
the suspension was centrifuged at 14,000 rpm for 30min at
4∘C, and the soluble fraction containing the RBD-GST fusion
protein was collected. Approximately 12mL of this soluble
fractionwas incubated in 500𝜇L of glutathione-Sepharose 4B
resin (GEHealthcare, Pittsburgh, PA, USA) for 90min at 4∘C
under constant agitation. Subsequently, the resin containing
the bound fusion protein was washed (3,000 rpm for 3min)
6 times with wash buffer (50mM Tris, pH 7.5; 0.5% Triton X-
100; 150mM NaCl; 5mM MgCl

2
; 1 mM DTT; 1 𝜇g/mL apro-

tinin; 1 𝜇g/mL leupeptin; and 0.1mM PMSF), and the beads
were resuspended in 5mL of wash buffer containing 10%
glycerol, followed by aliquoting and storage at −80∘C [26].

2.4. RhoA GTPase Activity Assay. To obtain protein lysates,
the cells were plated on 10mm dishes at approximately 60%
confluence. Following radiation treatment for the specified
durations and at the specified doses, the cells were washed
twice with ice-cold PBS and disrupted with RIPA lysis
buffer (50mM Tris, pH 7.2; 1% Triton X-100; 0.5% sodium
deoxycholate; 0.1% SDS; 500mMNaCl; 10mMMgCl

2
; 1 mM

Na
3
Vo
4
; 1 mM NaF; 1mM PMSF; and 10 𝜇g/mL each of

aprotinin and leupeptin) and stored at −20∘C. The protein
concentrationwas quantified using the Bradford colorimetric
method (Bio-Rad). A 500𝜇g sample of the total lysate was
subsequently incubated in 25 𝜇g of RBD-GST at 4∘C for
90min. Then, the beads were centrifuged at 4∘C for 3min,
washed three times with buffer B (Tris buffer containing 1%

Triton X-100, 150mM NaCl, 10mM MgCl
2
, 1 mM Na

3
Vo
4
,

1 mM NaF, 1mM PMSF, and 10 𝜇g/mL each of aprotinin and
leupeptin), and intercalated via centrifugation at 3,000 rpm
for 3min in a cold room. The active RhoA protein (RhoA-
GTP) bound to the glutathione-Sepharose beadswas detected
via Western blotting [26].

2.5. Western Blotting for RhoA. To analyze the obtained
proteins, electrophoresis was performed under denaturing
conditions using polyacrylamide gels consisting of 5% acry-
lamide in the stacking gel and 13% acrylamide in the sepa-
rating gel. The proteins were separated via SDS-PAGE at a
constant voltage (120V) and were then transferred to a nitro-
cellulose membrane (Merck-Millipore, Billerica, MA, USA)
using a dry system (Bio-Rad, Hercules, CA, USA) at 300mA
for 90min.Themembrane was blocked with 5%milk in TBS-
T (20mMTris, pH 7.6; 137mMNaCl; and 0.1% Tween) for 1 h
with stirring at room temperature, followed by three washes
with TBS-T. Subsequently, the membrane was incubated for
3 h at room temperature in a monoclonal primary antibody
against RhoA (Santa Cruz Biotechnology, Santa Cruz, CA,
USA) diluted in TBS-T. The membrane was incubated in the
fluorescent secondary antibody IRDye 680CW for 1 h, and
the bands were visualized using anOdyssey Infrared Imaging
System (Li-Cor, Bad Homburg, Germany). The obtained
bands were quantified using Odyssey V3.0 software (Li-Cor,
Bad Homburg, Germany).

2.6. Stress Fiber, RhoA, and CPD Staining for Immunofluores-
cence. On the day before the experiment, the cells were plated
on glass coverslips at ∼25% confluence, maintained under
culture conditions described above and subjected to UV irra-
diation. The cells were subsequently washed twice with PBS
and fixed at room temperature with 3% formaldehyde/2%
sucrose/PBS (Phalloidin) or 10% TCA/PBS (RhoA) for
10min, followed by two additional washes with PBS and per-
meabilization with PBS containing 0.5% Triton X-100, 6.84%
sucrose, and 3mM MgCl for 5min on ice. Subsequently, the
cells were treated with blocking buffer (PBS containing 3%
BSA and 10% FBS) for 30min at room temperature, followed
by incubation for 2 h in an anti-Phalloidin antibody conju-
gated to Alexa Fluor 488 (Invitrogen, Carlsbad, CA, USA)
diluted 1 : 500 in blocking buffer (stress fibers) or in a mouse
anti-RhoA antibody (1 : 250; Santa Cruz Biotechnology, Santa
Cruz, CA,USA) followed by incubation in anAlexa Fluor 680
anti-mouse antibody (1 : 15,000; Invitrogen, Carlsbad, CA,
USA) for 1 h in a dark chamber at room temperature in a
humidified atmosphere (RhoA). To stain for CPD, coverslips
containing an approximately 80% confluent cell monolayer
were UV-irradiated and subsequently collected at 0, 6, 24,
or 48 h, followed by fixation with 4% paraformaldehyde,
permeabilization with 0.5% Triton X-100, and genomic DNA
denaturation in the presence of 2MHCl.The coverslips were
incubated for 2 h in a rabbit anti-CPD primary antibody
(Cosmo Bio Co., Ltd., Japan) diluted 1 : 200 in blocking
buffer and then for 1 h at room temperature in an Alexa
Fluor 568 anti-rabbit secondary antibody. The cells were
subsequently mounted on glass slides using VECTASHIELD
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containing 4,6-diamidino-2-phenylindole (DAPI; 1𝜇g/mL).
The images were visualized and captured using a Zeiss LSM-
510 microscope. Quantitation of the fluorescence per cell was
performed using ZEN software (Zeiss, Oberkochen, Ger-
many), and at least 50 cells per condition were individually
quantified.

2.7. Cell Migration Assay. Approximately 1.5 × 106 cells were
plated on 35mm plates and incubated until reaching 100%
confluence. After various radiation exposure treatments, the
plates were diametrically scratched using a sterile pipette tip.
Cell migration was assessed by comparing the cell invasion
area of the scratch at the initial time (0 h) with the cell
invasion area of the scratch at the ending time (24 h). Sev-
eral micrographs were obtained along the scratch at 200x
magnification using an inverted Olympus microscope, and
the cell migration or invasionmeasurements were conducted
using appropriate tools provided in cell-F software (Olympus,
Shinjuku, Tokyo, Japan) [27].

2.8. Matrigel Invasion Assay. MeWo cells suspended in
serum-free medium were plated in the upper chamber of
a BD BioCoat Matrigel Invasion Chamber (BD Biosciences,
San Jose, CA, USA) (105 cells in 100 𝜇L) and were allowed to
invade for 24 h at 37∘C in 5% CO

2
in the presence or absence

of the matrix metalloproteinases (MMP) inhibitor GM6001
(Calbiochem, Billerica, MA, USA) at a concentration of
25 𝜇M.The lower chamber was filled with complete medium
as a chemoattractant for cellular invasion. At the end of
the experiment, the upper sides of the inserts were scraped
with cotton swabs, and the cells on the bottom side of the
membrane were fixed in 3.7% formaldehyde, subjected to
nuclear stainingwithDAPI (Sigma), and photographed. Cells
were counted at 20xmagnification in 10 different optical fields
per insert.

2.9. Growth Curves. The role of RhoA protein in cell prolif-
eration following UV irradiation was observed using growth
curves. MeWo cells and RhoA mutant clones (3.5 × 104)
were plated on 35mm plates at 24 h before treatment. Sub-
sequently, the cells were trypsinized, fixed in a formalde-
hyde/PBS solution, and counted in a Fuchs-Rosenthal cham-
ber every 24 h for five consecutive days.

2.10. Clonogenic Assay. Each cell line used in this study was
plated at a low density (2 × 103 cells/plate) on 60mm plates at
24 h before the radiation treatments. Subsequently, the cells
were irradiated as previously described and provided with
fresh medium, which was replaced every three days until
the cell colonies were visible (approximately 10–12 days). The
colonies were fixed with 10% formaldehyde/PBS and stained
with a 0.5% crystal violet solution for visualization, followed
by manual counting and plate scanning.

2.11. Single-Cell Gel Electrophoresis or Comet Assay. Parental
MeWo cells and MeWo-RhoA-N19 and MeWo-RhoA-V14
mutant cells were plated at a density of 2 × 105 cells/plate
on 35mm plates 24 h before UVA, UVB, or UVC irradiation.

Following each specific treatment, the cells were collected
via trypsinization and mixed with 0.5% low-melt agarose at
37∘C. This mixture was applied to glass slides covered with
a thin layer of 1.5% agarose and incubated at 4∘C for 15min
for jellification. The cells were subsequently lysed in lysis
solution (10mM Tris, pH 10; 2.5M NaCl; 100mM EDTA; 1%
TritonX-100; and 10%DMSO) for 24 h at 4∘C. Following lysis,
the slides were placed in a horizontal electrophoresis tank,
immersed in electrophoresis buffer (300mM NaOH and
1mMEDTA), and incubated for 30min to denature theDNA.
The slides were subjected to electrophoresis at 1 V/cm and
300mA for 30min. Subsequently, the slideswere incubated in
neutralization buffer (0.4M Tris-HCl, pH 7.5) for 15min and
fixed in absolute ethanol for 5min, followed by DNA staining
with 2 𝜇g/mL ethidium bromide and visualization under
a fluorescence microscope (Olympus BX51). The results of
the DNA damage analysis assay were expressed as the olive
tail moment, which was obtained using Komet 6.0 software
(Andor Technology, Oxford, UK), and 100 cells per sample
were analyzed (50 cells per slide) [28].

2.12. Statistical Analysis. The treatments were compared to
determine significant differences using Student’s 𝑡-test for
paired data, and statistical significance was assumed at 𝑃 <
0.05. ANOVA was used for comparing the means of two or
more groups.

3. Results

3.1. Generation and Characterization of MeWo-RhoA Mutant
Clones and Investigation of the Effects of UV Irradiation on
Cell Migration and Invasion. In the present study, we used
the MeWo cell line, an adherent cell line with fibroblastic
morphology derived from the lymph nodes of patients with
malignant melanoma [29–32]. This cell line was subjected
to retroviral transduction with a construct containing the
RhoA-N19 (dominant-negative) or the RhoA-V14 (constitu-
tively active) mutant [33] to obtain clonal lines ectopically
expressing each RhoA GTPase variant to interfere with the
endogenous activity of RhoA in MeWo cells. Nine MeWo-
RhoA-N19 clones and six MeWo-RhoA-V14 clones were
isolated, and the migration ability of these cells was tested
using scratchwoundhealing assays in the presence or absence
of serum (results not shown). We selected the two most
representative clones from each mutation and measured the
basal levels of RhoA and RhoA-GTP to examine function-
ality. We demonstrated that the MeWo-RhoA-N19 mutant
cells displayed a reduced basal level of RhoA-GTP compared
with the MeWo cells and the MeWo-RhoA-V14 cells, which
displayed the highest levels of RhoA activity, as expected
(Supplementary Figure S1 in Supplementary Material avail-
able online at http://dx.doi.org/10.1155/2016/2696952).

These MeWo-RhoA clones were exposed to different
doses (not shown) of UV (UVA, UVB, or UVC) radiation
and examined for stress fiber formation to assess RhoA
functionality (Figure 1(a)).The results showed that the RhoA-
deficientMeWo-RhoA-N19 clones contained less filamentous
actin (F-actin), which was stained with high affinity using
Phalloidin, and exhibited a more fragmented morphology
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Figure 1: Immunofluorescence analysis was performed on the parentalMeWo clone and theMeWo-RhoA-N19 andMeWo-RhoA-V14mutant
clones to evaluate the profile of stress fiber formation and RhoA distribution after damage induced by 50KJ/m2 UVA, 80 J/m2 UVB, or 4 J/m2
UVC irradiation. A total of 200,000 cells were seeded on 35mm culture dishes at 24 h before treatment. At 1 h after the given radiation
treatment, the cells were fixed in 3% paraformaldehyde/2% sucrose/PBS buffer (a) or 10% TCA/PBS (b) and permeabilized with 0.5% Triton
X-100/6.84% sucrose/3mMMgCl

2

/PBS buffer. Subsequently, the cells were blocked in 3% BSA/PBS for 30min and incubated in 1 : 500 Alexa
Fluor 488 Phalloidin (Invitrogen, Carlsbad, CA, USA) for 1 h at 4∘C (a) or in 1 : 250 mouse anti-RhoA antibody (Santa Cruz Biotechnology,
Santa Cruz, CA, USA) for 2 h followed by 1 : 15000 Alexa Fluor 680 secondary antibody (Invitrogen, Carlsbad, CA, USA) (b). After washing
with PBS, the cells were mounted on coverslips in VECTASHIELD medium containing DAPI, and images were acquired using a Zeiss LSM
510 laser confocal microscope. The photomicrographs are representative of three different fields in two independent experiments.

than the parental and MeWo-RhoA-V14 clones, particularly
after UVC irradiation. The MeWo cell line and the constitu-
tively active RhoA-expressing MeWo-RhoA-V14 clones dis-
played cytoskeletal features characteristic of physiologic actin
function and exhibited normal RhoA levels and stress fiber
integrity regardless of the UV treatment applied. Another
fundamental morphological characteristic of the MeWo-
RhoA mutant cells was the fact that the MeWo-RhoA-N19
cells were thinner and more elongated but the MeWo-RhoA-
V14 cells weremore spread out and flattened than the parental
MeWo cells (Figure 1(b), bright field micrographs). Impor-
tantly, the classical and expected cytoplasmic distribution
of RhoA was not affected in any of the three cell lines
investigated and was not altered by the three different UV
treatments applied, as shown in the immunofluorescence
microscopy experiments (Figure 1(b), RhoA stained in red).

Considering the previously described behavior of stress
fiber assembly, the effect of UV on the motility of these cells

was evaluated using scratch wound healing assays in the
presence of 10% serum. The results for the three cell lines
highlighted the inhibition (28% maximum) of cell migration
following exposure to each of the three UV wavelengths
comparedwith no treatment, and themost pronounced effect
was consistently triggered by UVC irradiation (Figures 2(a)
and 2(b)). In addition to their expected reduced migration,
the RhoA-deficientMeWo-RhoA-N19 cells were less sensitive
to the effects of UV irradiation on motility than the cells
displaying high levels of RhoA activity. To avoid inaccurate
conclusions regardingwhether the dominant-negativeRhoA-
expressing clones were migrating or proliferating within
24 h in the wound healing assays, new migration assays
were performed in the presence of two different doses of
mitomycin C, and the cells were evaluated after 16 and 24 h.
The results showed no differences in cell migration in the
presence (Supplementary Figure S2) or absence ofmitomycin
C (Figure 2) based on a comparison of the three cell lines.
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Figure 2: Scratch wound healing and Matrigel invasion assays for MeWo, MeWo-RhoA-N19, and MeWo-RhoA-V14 cells treated with UV
radiation. (a) A scratch-like wound was made in a monolayer of cells on 100% confluent plates using a micropipette tip (time zero) prior
to irradiation treatment (50KJ/m2 UVA, 80 J/m2 UVB, or 4 J/m2 UVC). The cells were photographed at 0 and 24 h after treatment at 20x
magnification using an inverted microscope (Olympus, Tokyo, Japan), and representative micrographs are shown. (b) Measurements of the
initial and final open areas were calculated using cell-F software (Olympus, Tokyo, Japan) and were plotted in bar graphs as the percentage
of the closed area. The results are presented as the mean and standard deviation from at least three independent images captured at 24 h
after treatment. Two-way ANOVA was performed to compare the RhoA-N19 clone with the two other clones treated according to the same
specified conditions. ∗𝑃 = 0.005. (c) Representative micrographs of the Matrigel invasion assay for MeWo, MeWo-RhoA-N19, and MeWo-
RhoA-V14 cells untreated (control) or pretreated with 4 J/m2 UVC or with 25 𝜇M of a broad-spectrum MMP inhibitor (GM6001). Nuclei of
the invasive cells were visualized using DAPI (4x magnification). (d) Quantification of invasive cells shown in 2C. A 𝑡-test was performed to
compare the control cells with the UVC radiation-treated cells from two independent experiments. ∗𝑃 = 0.004; ns, nonsignificant.

This finding confirmed that the MeWo-RhoA-N19 clone was
clearly less motile than the other two clones, independent of
the presence of the antiproliferative agent mitomycin C.

To determine whether RhoA-dependent sensitivity to
UVC radiation treatment also influences the invasiveness
of MeWo cells in vitro, the capacity of the MeWo clones
to invade through Matrigel was evaluated using Transwell

invasion assays (Figures 2(c) and 2(d)). In the absence of
UV irradiation, the invasive capacity of the MeWo cells
directly correlated with their RhoA activity levels (MeWo-
RhoA-V14 > MeWo > MeWo-RhoA-N19). These data were
supported by preliminary spheroid invasion assays (multi-
cellular tumor spheroids (MTS) formed via the spontaneous
aggregation of 10,000 cells/well and embedded in 3D rat-tail



Oxidative Medicine and Cellular Longevity 7

Control

0 9624 7248 120
Time (h)

0

500

1000

1500
C

el
l n

um
be

r (
×
1
.0
0
0

)

∗

∗∗

∗∗∗∗

∗∗∗∗

∗∗∗

UVA

0 9624 7248 120
Time (h)

0

200

400

600

800

C
el

l n
um

be
r (
×
1
.0
0
0

)

∗∗∗

∗∗∗∗

∗∗∗∗

∗∗∗∗

∗

∗

UVB

MeWo
MeWo-RhoA-N19
MeWo-RhoA-V14

0 9624 7248 120
Time (h)

0

200

400

600

C
el

l n
um

be
r (
×
1
.0
0
0

)

UVC

MeWo
MeWo-RhoA-N19
MeWo-RhoA-V14

0 9624 7248 120
Time (h)

0

200

400

600

C
el

l n
um

be
r (
×
1
.0
0
0

)

∗∗

∗∗

∗∗

∗∗∗∗

∗∗∗∗

∗∗∗∗

∗∗∗∗

Figure 3: Proliferation curves for the MeWo, MeWo-RhoA-N19, and MeWo-RhoA-V14 clones exposed to genotoxic-equivalent doses of UV
radiation. The cells were seeded at a density of 35 × 103 cells per 35mm culture dish at 24 h before treatment and were exposed to 50KJ/m2
UVA, 80 J/m2 UVB, or 4 J/m2 UVC radiation.The cells were collected every 24 h for five consecutive days and were counted daily in a Fuchs-
Rosenthal chamber. The graphs are representative of three independent experiments, and the standard deviation and statistical significance
are shown for only the fifth day. Two-way ANOVA was performed to compare the mutant clones with the MeWo clone treated according to
the same specified conditions. ∗𝑃 = 0.01; ∗∗𝑃 = 0.005; ∗∗∗𝑃 = 0.0001; ∗∗∗∗𝑃 < 0.0001.

type-1 collagen matrices), showing that the constitutively
active RhoA-expressing MeWo clones exhibited an invasive
phenotype, in contrast to the RhoA-deficient MeWo clones
(Supplementary Figure S3). Notably, pretreatment with a
broad-spectrum MMP inhibitor (GM6001) robustly sup-
pressed the invasiveness of the three cell lines, including the
highly invasiveMeWo-RhoA-V14 cells, indicating thatMeWo
invasion through Matrigel is MMP-dependent. In agreement
with the results of the migration assays (Figure 2(b)), the
inhibitory effects of UVC irradiation on cell invasion were
clearly the least pronounced in the cells displaying the lowest
RhoA activity levels (Figures 2(c) and 2(d)).

3.2. The Proliferation and Survival of RhoA-Deficient MeWo-
RhoA-N19 Cells Are More Strongly Affected by UV Radiation
Than Cells Displaying Normal RhoA Activity. The measure-
ments of cellular proliferative capacity after any type of
genotoxic stress, such as UV radiation of any of the three

wavelengths applied, revealed how the cells recovered in
response to damage to DNA or other biomolecular structures
to escape death or to enter cell cycle arrest.Thus, proliferation
curves were generated for theMeWo clone and the two RhoA
mutant MeWo clones for five consecutive days following
exposure to UVA, UVB, or UVC radiation or no treatment
(Figure 3). The initial results showed that the three cell lines
responded more effectively as the energy of the applied
UV radiation decreased; that is, UVA < UVB < UVC.
The MeWo-RhoA-V14 clone exhibited higher proliferative
capacity, independent of the treatment, closely followed by
the parental MeWo clone; however, these two cell lines,
which displayed high levels of RhoA activity, were much
more resistant to the deleterious effects of UV irradiation
on cell proliferation than the RhoA-deficient clone. These
results were confirmed by the cell cycle distribution of
the cell population, as analyzed by flow cytometry, which
showed a discrete and expected perturbation of the cell
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Figure 4: Clonogenic assays showing the highly superior survival of MeWo andMeWo-RhoA-V14 cells, which displayed high levels of RhoA
activity, compared with RhoA-deficient MeWo-RhoA-N19 cells after exposure to different types of UV radiation. The bars represent the
average and standard deviation of at least three independent experiments. Two-way ANOVA was performed to compare the mutant cells
with the MeWo cells treated according to the same specified conditions. ∗𝑃 < 0.01; ∗∗𝑃 < 0.005.

cycle distribution in the cells displaying high RhoA activity
(Supplementary Figure 4). However, the MeWo-RhoA-N19
cells were the most sensitized after treatment with all three
UV wavelengths, and these cells exhibited a reduction in
proliferation of approximately 50% compared with untreated
cells (Figure 3). This behavior was fully complemented by
the flow cytometry results, which showed an accumulation
of cells in G1 phase and a concomitant reduction of cells in
G2-M phase at only 24 h after UV treatment in the RhoA-
deficient clones (Supplementary Figure 4). This delay in

the cell cycle suggests that more of these cells are arrested at
the G1 checkpoint, likely reflecting inefficient DNA repair.

When examined for a longer period (15 days) and when
seeded at a much lower density (2,000 compared to 50,000
cells) in colony formation assays, the proliferation and sur-
vival capacities showed similar results (Figure 4). Thus, cells
exhibiting high levels of RhoA activity (MeWo and MeWo-
RhoA-V14) are more resistant to UVA, UVB, or UVC irradia-
tion, resulting in enhanced survival, whereas RhoA-deficient
MeWo cells (MeWo-RhoA-N19) are more sensitive to UV
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irradiation, resulting in reduced survival.The different chem-
ical and physical effects of the three UV wavelengths applied
apparently equivalently affected the three cell lines, as each
respective cell line responded similarly to all UV radiation
treatments.

Consistent with cell proliferation, acute cell death, par-
ticularly apoptosis, was evaluated and Annexin V labeling
experiments were performed on the same cell lines under the
same treatment conditions [34]. As a positive control, H

2
O
2

was used to produce approximately 50% apoptotic cells.
UVA, UVB, or UVC radiation treatment resulted in higher
apoptosis in MeWo-RhoA-N19 cells than in MeWo and
MeWo-RhoA-V14 cells, which exhibited even lower apoptosis
than the parental MeWo cells (Supplementary Figure 5). As
the loss of plasmamembrane asymmetry is an early reversible
event in apoptosis that results in the exposure of phos-
phatidylserine (PS) residues on the outer plasma membrane
[35], these preliminary results show that RhoA deficiency
increases the sensitivity of MeWo cells to UV irradiation and
renders these cells more susceptible to apoptotic cell death.

3.3. MeWo Cells Displaying High RhoA Activity AreMuch Less
Affected by UV Radiation-Induced Damage, Such DNA Strand
Breaks and CPDs, and Exhibit More Efficient DNA Repair
Than RhoA-Deficient MeWo Cells. Previous results showed
an evident association between reduced proliferative ability
and cellular recovery from UV radiation-induced damage,
as reflected by the reduced levels of RhoA activity in the
MeWo-RhoA-N19 mutant clones. The multiple DNA lesions
promoted byUV radiation are well known; therefore, we next
explored another potential correlation betweenDNAdamage
and RhoA activity in MeWo melanoma cells. For this inves-
tigation, we used the alkaline comet assay, which is a general
assay forDNAdamage, to detect both single and doubleDNA
strand breaks after exposure to the three UV wavelengths
(Figure 5). Moreover, using kinetics experiments to detect
damage over time, it is possible to infer repair ability over a
period of up to 6 h after the irradiation of the cells. For exam-
ple, the improved ability ofMeWo-RhoA-V14 clones to repair
UV radiation-promoted DNA damage has been observed, as
these cells completely recover to the initial conditions by 6 h
after treatment. Additionally, in MeWo cells displaying high
levels of RhoA activity, this recovery capacity is highly sim-
ilar. However, the RhoA-deficient MeWo-RhoA-N19 clone
exhibited higher basal damage under the control conditions
(minimum of 30% more damage), peaking at 30min after
UV radiation and increasing to approximately 40–50%of that
in the other two clones. Intriguingly, the RhoA deficiency
of these cells likely reflects their inability to recover from
DNA damage up to 6 h after treatment or even to prevent the
accumulation of these lesions over time (Figure 5).

The DNA lesions promoted by different UV wavelengths
and detected using alkaline comet assays indicate a strong
correlation between RhoA activity and DNA damage and
repair. Thus, we further measured the formation of CPDs,
which are specific, highly toxic, and mutagenic DNA lesions
promoted by UV radiation. Using a specific antibody to
detect CPDs in the nucleus of the three cell lines, which was

delimited based on nuclear staining using DAPI via confocal
microscopy, we quantified the DNA lesions after UV irra-
diation for different periods (Figure 6(a)). Consistent with
the results of the comet assay, we observed that the RhoA-
deficient MeWo-RhoA-N19 cells exhibited higher levels of
CPDs, particularly after UVB or UVC irradiation, and the
most striking results were the accumulation of CPDs up to
48 h after either UVA, UVB, or UVC irradiation. Alterna-
tively, the MeWo and MeWo-RhoA-V14 cells exhibited lower
CPD staining and greater recovery at 24 h after all three
treatments. All of these results were clearly observed directly
on the micrographs shown in Figure 6(b), showing a direct
correlation between RhoA activity and the function of the
nucleotide excision repair (NER) pathway, which is the main
pathway responsible for the recovery from CPD lesions.

4. Discussion

Approximately ten years ago, the biochemical functions of
RhoA (and the typical GTPases) were associatedwith the reg-
ulation of the actin cytoskeleton, the microtubule cytoskele-
ton, gene expression, and certain uncommon enzymatic
activities (involving lipid metabolism and ROS generation).
These GTPases were responsible for biological functions such
as cell cycle control (G1 progression, mitosis, and cytoki-
nesis), cell morphogenesis (cell-cell interactions and cell
polarity), and cellmigration (movement anddirectional sens-
ing) [36]. However, recently, novel RhoA functions similar
to those of the Ras homolog were found to be regulated by
reactive oxygen species [37, 38], and this regulation may be
particularly relevant to some pathological conditions, such
as genotoxic stress-induced DNA damage [39]. Thus, RhoA
and certain subfamily members were reported to mediate
genomic stability or integrity via their indirect involvement
in DNA repair mechanisms [18, 19, 21, 22]. Additionally, it
was recently shown that RhoA activation is mediated by its
physical interaction with the OGG1 protein, a key enzyme in
the DNA repair of 8-oxoG modifications [40].

Thus, taking advantage of the well-known roles of RhoA
(and otherGTPases) in the regulation of actin polymerization
and in the metastasis of many types of aggressive tumors
[13, 15, 16], including melanomas [11], and considering that
the mutagenic effects of UV radiation on melanocytes and
keratinocytes trigger metastasis [12, 41], we explored the
potential cross talk between the small GTPase RhoA, UV
damage and melanoma cell migration, invasion, prolifera-
tion, and DNA repair.

These studies were performed in the human metastatic
melanoma cell line MeWo upon exposure to three different
wavelengths of UV light, as the oxidative stress generated
via UVA and UVB radiation and the high energy of UVC
radiation induce direct electron transfer/rearrangements in
DNA, resulting in serious consequences for the cell cycle
[42, 43]. First, we generated cellular models of MeWo cells
expressing either constitutively active RhoA (MeWo-RhoA-
V14) or deficient RhoA (MeWo-RhoA-N19) for comparisons
with parental MeWo cells. These clones were characterized
using three different methodologies: (i) pull-down assays,
which showed higher levels of RhoA-GTP and stronger
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Figure 5: Alkaline comet assays showing DNA single- and double-strand break formation and DNA repair kinetics up to 6 h after exposing
MeWo, MeWo-RhoA-V14, and MeWo-RhoA-N19 clonal cells to UVA, UVB, or UVC radiation. In these experiments, control (Ctl.) refers
to 0 h or non-UV radiation treatment. A total of 2 × 104 cells were plated on 35mm culture dishes 24 h before the treatment, followed by
trypsinization, suspension in low-melting point agarose, and spreading onto glass slides. After 2 h of electrophoresis in an appropriate buffer,
the cell nuclei were stained with ethidium bromide (see details in Materials and Methods), as shown in (b), and many different parameters
were acquired using aNikonmicroscope controlled byKomet 6.0 software (Andor Technology,Oxford,UK).Themost relevant parameter, the
olive tail moment, was used to quantify DNA damage and repair in the cells under these conditions (bar graphs in (a)). The graphs represent
the average and standard deviation of at least three independent experiments, and the statistical significance of the results was obtained by
comparing the effects of different treatments between the MeWo cells and the mutant cells using two-way ANOVA. ∗𝑃 < 0.01; ∗∗𝑃 < 0.001;
∗∗∗

𝑃 < 0.0001.
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Figure 6: Immunofluorescence analysis for the detection of cyclobutane pyrimidine dimers (CPDs) generated in the MeWo tumor cell line
and in the MeWo-RhoA-N19 and MeWo-RhoA-V14 clones after treatment with UV radiation. Coverslips containing an approximately 80%
confluent cell monolayer were exposed to UV radiation and collected after 0 (control or non-UV radiation treatment), 6, 24, or 48 h, followed
by fixation with 4% paraformaldehyde, permeabilization with 0.5% Triton X-100, and genomic DNA denaturation in the presence of 2MHCl.
The coverslips were incubated for 2 h in an anti-CPD primary antibody (diluted 1 : 200) and then for 1 h at room temperature in anAlexa Fluor
568 secondary antibody (a). Approximately 50 single cells were photographed at 100x magnification and were quantified in sequence using
Zen software (Zeiss). The bars represent the average and standard deviation from three independent experiments (b). Two-way ANOVA was
performed to compare the mutant clones with the MeWo clone treated according to the same specified conditions. ∗𝑃 = 0.01; ∗∗𝑃 = 0.005;
∗∗∗

𝑃 = 0.0001; ∗∗∗∗𝑃 < 0.0001.

responses to serum deprivation for the MeWo and MeWo-
RhoA-V14 clones than for the RhoA-deficient MeWo clones
(Supplementary Figure 1); (ii) Phalloidin labeling of F-actin
fibers, which showed reduced levels of stress fibers and

shortened and fragmented cell morphology in the MeWo-
RhoA-N19 clones compared with the other cell lines
(Figure 1(a)), despite normal subcellular RhoA distribution
(Figure 1(b)); and (iii) monolayer migration and 3D matrix
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penetration assays, which showed reduced motility and
invasion capacity ofMeWo-RhoA-N19 clones compared with
the parental andMeWo-RhoA-V14 clones under control con-
ditions in the presence of serum (Figure 2 and Supplementary
Figure S3).

Second, the effects of UV radiation treatment on the three
cell lines with respect to stress fiber formation, cell shape,
RhoA distribution, migration, and invasion were examined
to confirm the deleterious effects of these genotoxic stressors.
We observed that UVA, UVB, or even UVC irradiation did
not lead to any detectable change in the cell edge shape or
the stress fiber morphology in the MeWo or MeWo-RhoA-
V14 cells (Figure 1). The migration of these cells was slightly
reduced after 24 h, particularly under UVB or UVC radiation
treatment (Figure 2(a)), and their invasion capacity was
slightly reduced by UVC radiation treatment (Figure 2(b));
these effects were not strictly dependent on the actin-myosin
cytoskeleton and were potentially caused by many other fac-
tors [44]. Conversely, negative effects on stress fibermorphol-
ogy and content were observed in RhoA-deficient MeWo-
RhoA-N19 clones (Figure 1(a)), very likely reflecting their
reduced motility (Figures 2(a) and 2(b)) and invasion ability
(Figures 2(c) and 2(d)). The three evaluated cytoskeletal
features (Phalloidin staining of actin-myosin fibers, cell edge
shape, and RhoA subcellular distribution) are in agreement
with each other and with the biological responses of motility
and invasiveness characteristic of the aggressive phenotype
of melanoma cells and, moreover, with the modulation of
RhoA activity. Corroborating the effects of UV radiation
treatment on cell migration, a significant reduction in the
MMP-dependent invasive capacity of the MeWo cells was
observed in all experimental groups followingUVC radiation
treatment. However, this suppressive effect appeared to be
less pronounced in the RhoA-deficient MeWo-RhoA-N19
clones, and this result supports the hypothesis that the inhib-
itory effects of UV radiation on melanoma cell invasion are
partially dependent on RhoA activity.

We next confirmed the well-known antiproliferative
effects of UV radiation on melanomas and the potential role
of RhoA modulation in this process [17, 24]. Growth curves
and colony formation assays confirmed the higher resistance
of MeWo-RhoA-V14 and MeWo cells (to a lesser extent)
to UV radiation treatment compared with RhoA-deficient
cells (Figures 3 and 4), as the MeWo-RhoA-V14 and MeWo
cells recovered even after UVB and UVC radiation-induced
damage. The opposite effects were observed for the RhoA-
deficient clones; that is, these cells exhibited approximately
50% higher sensitivity to UV radiation-induced damage.

As previously reported, these results likely reflect that
RhoA affects the efficiency of DNA repair mechanisms [18,
40].Thus, to assess DNA integrity and specific UV radiation-
promoted damage, we performed alkaline comet assays and
CPD formation experiments. We showed that the inability
to remove damage over time clearly reflects cell proliferation
via the modulation of RhoA activity-proficient and activity-
deficient MeWo clones. Measurements of single- and double-
strand breaks showed that cells displaying high RhoA activity
exhibit less damage at 0.5 h (peak) after treatment with the
three types of UV radiation and exhibit more efficient repair,

completely recovering to the basal levels after 6 h. In con-
trast, dominant-negative RhoA-expressing cells showed an
accumulation of damage from 0.5 to 6 h after injury induced
by UVA, UVB, or UVC radiation (Figure 5). Intriguingly,
the levels of CPDs peaked at approximately 6 h after UV
radiation in all three cell lines, irrespective of RhoA activity,
but these lesions were almost completely removed after 48 h
in cells exhibiting high levels of RhoA activity. In addition, in
the RhoA-deficient MeWo cells (MeWo-RhoA-N19 clones),
the accumulation of CPD lesions remained high for up to
48 h, independently of treatment with UVA, UVB, or UVC
radiation. Thus, this specific UV radiation-induced damage
accumulates in the cellular background of low RhoA activity
(Figure 6).

As predicted from the results of other previous studies
and confirmed in the present study, the higher the RhoA
activity the more efficient the DNA repair; this phenomenon
is common to many human tumor cells [45]. UV radia-
tion induces DNA damage, such as single-strand breaks,
pyrimidine dimers, and 6-4 PPs, which induce mutations
that are characteristic of the promotion, establishment, and
development of tumors [46]. These forms of damage are
typically repaired by theNER cascade [47], and failures in this
repair machinery result in many diseases, such as xeroderma
pigmentosum [3]. Thus, in the present study, we established
a strong correlation between RhoA activity and the efficiency
of the repair of UV radiation-induced damage to melanoma
cells, suggesting thatNERpathway functionmight be affected
by RhoA-transduced signals that activate cellular responses,
such as gene transcription, cell proliferation, and cell death
[17]. Although additional molecular studies are needed,
RhoA represents a potential target for UV radiation-induced
carcinogenesis in skin [48], as well as for gamma radiation-
induced damage in cervix carcinomas, where RhoA was also
shown to mediate double-strand breaks repair [49]. Similar
results, in the same cellular models, were also found for
the Rac1 GTPase [50] again suggesting actin cytoskeleton
remodeling signals towards the nuclearmachineries in charge
of the genomic stability.
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Radon inhalation brings pain relief for chronic constriction injury- (CCI-) induced neuropathic pain in mice due to the activation
of antioxidative functions, which is different from the mechanism of the pregabalin effect. In this study, we assessed whether a
combination of radon inhalation and pregabalin administration ismore effective against neuropathic pain than radon or pregabalin
only. Mice were treated with inhaled radon at a concentration of 1,000 Bq/m3 for 24 hours and pregabalin administration after
CCI surgery. In mice treated with pregabalin at a dose of 3mg/kg weight, the 50% paw withdrawal threshold of mice treated
with pregabalin or radon and pregabalin was significantly increased, suggesting pain relief. The therapeutic effects of radon
inhalation or the combined effects of radon and pregabalin (3mg/kg weight) were almost equivalent to treatment with pregabalin
at a dose of 1.4mg/kg weight or 4.1mg/kg weight, respectively. Radon inhalation and the combination of radon and pregabalin
increased antioxidant associated substances in the paw.The antioxidant substances increased much more in radon inhalation than
in pregabalin administration. These findings suggested that the activation of antioxidative functions by radon inhalation enhances
the pain relief of pregabalin and that this combined effect is probably an additive effect.

1. Introduction

Radon therapy is performed for mainly pain-related diseases
using radon hot springs in Japan [1] and Europe [2] and using
mines in Europe [2]. In both cases, patients inhale radon
through their nose because radon is a radioactive gas. The
conditions of radon therapy in the Misasa Medical Center
in Japan and the hospitals in Europe are slightly different
[3]. The radon concentration in the treatment room of the
Misasa Medical Center is approximately 2,000 Bq/m3 [1],
while the concentration in Europe is twenty-five times higher
[2]. However, the beneficial effects of radon therapy show
that there is not much difference betweenMisasa and Europe
in terms of alleviation of pain-related diseases. A report
suggested that radon and thermal therapy using hot springs
alleviated osteoarthritis [1]. One of the possible reasons for
the effects is the prevention of peroxidation reactions and

immune depression. Another possible reason is an increase
in tissue perfusion because vasoactive-associated substance
decreased and pain-associated substance increased by radon
therapy. Another report suggested that not only radon and
thermal therapy, but also thermal therapy alleviated anky-
losing spondylitis [4]. However, radon and thermal therapy
continue the alleviation effect longer than thermal therapy.
Radon therapy is also effective against rheumatic diseases [5].
In addition, radon therapy reduced the dosage of medicine
[6].These findings indicated that radon therapy has a positive
effect on pain-related diseases such as osteoarthritis, ankylos-
ing spondylitis, and rheumatic diseases. Although it is likely
that radon therapy has a positive effect against pain-related
diseases, it is insufficient to understand the mechanisms of
radon therapy. To investigate the mechanisms, we previously
reported that radon inhalation has preventive and curative
effects against chronic constriction injury (CCI) in mice
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due to the reduction of reactive oxygen species (ROS) by
the activation of antioxidative functions following radon
inhalation [7].

Pregabalin is a medicine that relieves pain. Toth reviewed
the clinical implications for the management of neuropathic
pain [8]. Clinical studies suggested that administration of
pregabalin is effective against diabetic peripheral neuropathy.
But the doses of up to 150mg/day are inefficacious [9]. Several
adverse central nervous system effects, such as dizziness and
somnolence, and adverse systemic effects, such as peripheral
edema, were observed [8]. The incidence of these adverse
effects increases with larger pregabalin doses [8, 10].

It is well known that radon inhalation increases lung
cancer risk [11]. Therefore, a combination of pregabalin and
radon treatment has beneficial effects to reduce the adverse
effects of pregabalin and the lung cancer risk caused by radon
inhalation. The purpose of this study was to compare the
mitigating effects on CCI of radon inhalation and pregabalin
administration and to examine the combination effects of
radon and pregabalin on CCI-induced neuropathic pain. We
assayed the behavioural response to evaluate the pain and
the following biochemical parameters to assess the effects
of radon and pregabalin treatment: SOD activity, catalase
activity, total glutathione content (t-GSH), and lipid peroxide
level in paw.

2. Materials and Methods

2.1. Animals. Male ICR mice (age, 8 weeks; body weight,
approximately 33–40 g) were obtained from Charles River
(Yokohama, Japan). Ethical approval for all protocols and
experiments was obtained from the Animal Experimentation
Committee of Okayama University. The mice were housed
under a 12:12 h artificial light cycle (8:00 a.m. to 8:00 p.m.) at
a temperature of 22 ± 2∘C.

2.2. Behavioral Testing: von Frey Test. The behavioral
response of mice to mechanical stimuli was assessed using
the von Frey test [12]. von Frey tests were conducted once
a day before (2 or 3 days) and after (2 or 3 days) CCI
surgery and at 30, 60, 90, and 120min after pregabalin
administration, 24-hour radon inhalation, or a combination
of radon inhalation and pregabalin administration. In
the group treated with radon and pregabalin, mice were
administered pregabalin immediately after radon inhalation.
Mice were individually placed in plastic cages with a wire-
mesh floor (1mm diameter wire placed 5mm apart). The
paw was touched with 1 of a series of 9 von Frey hairs (0.04,
0.07, 0.16, 0.4, 0.6, 1, 1.4, 2, and 4 g) (North Coast Medical
Inc., CA, USA). A positive response was noted when the
paw was sharply withdrawn. The 50% withdrawal threshold
was determined using the up-down method [12]. Briefly, the
behavioral test was initiated with the 0.6 g von Frey hair,
representing the middle of the series. A stronger stimulus
was chosen if the paw showed a negative response. A
weaker stimulus was chosen if the paw showed a withdrawal
response. The critical 6 data points were noted after the
response threshold was first crossed.
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Figure 1: Changes in radon concentration in the mouse cage.

50% g threshold = 10𝑋𝑓+𝑘𝛿, where𝑋
𝑓
is log units value of

the final von Frey hair used; 𝑘 is tabular value for the pattern
of positive or negative responses [13]; and 𝛿 ismean difference
(in log units) between stimuli.

2.3. CCI Surgery. Mice received a unilateral CCI after a
pretest formechanical sensitivity using a vonFrey test. Briefly,
the right sciatic nerve was exposed at the midthigh level and
was then constricted loosely with three ligations using 4-0
chromic gut, each spaced about 1mm apart under sodium
pentobarbital anesthesia (50mg/kg, i.p.). The same surgical
operationwas performed, without CCI, on a group of animals
that served as sham-operated controls.

2.4. Radon Inhalation. To generate conditions for inhalation
of specified radon concentrations, our radon exposure orig-
inal system was used as described in a previous report [14].
The radon concentration in the mouse cage was measured
using a radon monitor (CMR-510, femto-TECH Inc., Ohio,
USA). The mean concentration of radon was approximately
1,000 Bq/m3 (Figure 1). The mice inhaled radon at a concen-
tration of 1,000 Bq/m3 for 24 hours after CCI while having
free access to food and water during radon inhalation.

2.5. Pregabalin Treatment. Pregabalin (1, 3, or 10mg/kg body
weight; Sigma-Aldrich Japan Co. LLC., Tokyo, Japan) was
injected into the peritoneum of the mice after the CCI
operation. To examine the combination effects of radon and
pregabalin, mice were administered pregabalin at a dose of
3mg/kg of body weight immediately after radon inhalation.

2.6. Biochemical Assays. Paws were homogenized on ice in
10mM phosphate buffer (PBS; pH 7.4). The homogenates
were used for the assays of SOD and catalase.

SOD activity was assayed by the nitroblue tetrazolium
(NBT) reduction method using the Wako-SOD test (Wako
Pure Chemical Industry, Co., Ltd., Osaka, Japan) [15]. Briefly,
the homogenates were centrifuged at 12,000×g for 45min at
4∘C and the supernatants were used to assay SOD activity.
SOD activity in the paw was measured by the extent of
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inhibition of the reduction in NBTmeasured at 560 nm using
a spectrophotometer.One unit of enzyme activitywas defined
as 50% inhibition of NBT reduction.

Catalase activity was measured as the hydrogen peroxide
(H
2
O
2
) reduction rate at 37∘C and was assayed at 240 nm

using a spectrophotometer [16]. The assay mixture consisted
of 50 𝜇L of 1M Tris-HCl buffer containing 5mM ethylene-
diaminetetraacetic acid (pH 7.4), 900 𝜇L of 10mM H

2
O
2
,

30 𝜇L deionized water, and 20𝜇L paw supernatant. Activity
was calculated using a molar extinction coefficient of 7.1 ×
10−3M−1 cm−1. The changes of absorbance were observed for
a minute.

T-GSH content was measured using the Bioxytech GSH-
420 assay kit (OXIS Health Products, Inc., Portland, OR,
USA). Briefly, tissue samples from the pawwere homogenized
in 10mM PBS (pH 7.4) and then mixed with ice-cold
7.5% trichloroacetic acid solution. The homogenates were
centrifuged at 3,000×g for 10min. Assays were performed
on tissue supernatants. This assay is based on the formation
of a chromophoric thione, the absorbance of which can be
measured at 420 nm and is directly proportional to the t-GSH
concentration.

Lipid peroxide levels were assayed using the Bioxytech
LPO-586 assay kit (OXIS Health Products, Inc.). Briefly, the
paw samples were homogenized in 10mM phosphate buffer
(PBS; pH 7.4) on ice. Prior to homogenization, 10 𝜇L of
0.5M butylated hydroxytoluene in acetonitrile was added
per 1mL of the buffer-tissue mixture. After homogenization,
the homogenate was centrifuged at 15,000×g, for 10min at
4∘C, and the supernatant was used for the assay. The lipid
peroxide level assay is based on the reaction of a chromogenic
reagent, N-methyl-2-phenylindole, with malondialdehyde
and 4-hydroxyalkenals at 45∘C. The optical density of the
colored products was read at 586 nm in a spectrophotometer.

The protein content in each sample was measured by the
Bradfordmethod, using the ProteinQuantificationKit-Rapid
(Dojindo Molecular Technologies, Inc., Kumamoto, Japan)
[17].

2.7. Statistical Analyses. The data are presented as the mean
± standard error of the mean (SEM). Each experimental
group consisted of samples from 5-6 animals. Statistically
significant differences were determined using an unpaired 𝑡-
test for comparisons between two groups and Tukey’s tests
for multiple comparisons where appropriate. 𝑃 values were
considered significant at 𝑃 < 0.05.

3. Results

3.1. Effect of Sham-Operation, Radon Inhalation, and Pre-
gabalin Administration on 50% Paw Withdrawal Threshold
following CCI Surgery. Wefirst confirmedwhether the sham-
operation decreased the 50% paw withdrawal threshold or
not. Results showed that the sham-operation did not decrease
the 50% paw withdrawal threshold whereas CCI surgery
significantly decreased it (Figure 2(a)).

Next, we examined dose- and time-dependent changes
in the 50% paw withdrawal threshold following pregabalin

administration. Results showed that the peak of themitigative
effects was at around one hour after pregabalin adminis-
tration. In addition, mechanical allodynia was mitigated in
a dose-dependent manner at 60 minutes after pregabalin
administration (Figure 2(b)).

Then, we compared themitigative effects of radon inhala-
tion and pregabalin administration at one hour after treat-
ment of radon or pregabalin because the peak of mitigative
effects is at around one hour after pregabalin administration.
As a result, radon inhalation has a mitigating effect against
mechanical allodynia similar to the effects of approximately
1.4mg/kg of body weight of pregabalin (Figure 2(c)).

3.2. Effect of Pregabalin Administration on Antioxidative
Functions in Paw. To clarify the changes in the antioxidant
associated substances after pregabalin administration, SOD,
catalase, t-GSH, and lipid peroxide level were assayed.

Although no significant changes were observed in the
activities of SOD and catalase, pregabalin administration
increased t-GSH content in paw. The lipid peroxide level in
the paw of mice, which were administrated pregabalin at
a dose of 10mg/kg of body weight, significantly decreased
(Figure 3).

3.3. Combined Effects of Radon and Pregabalin on CCI-
Induced Neuropathic Pain. To clarify the combined effects
of radon and pregabalin on neuropathic pain, von Frey tests
were conducted.

The fifty percent paw withdrawal threshold was signifi-
cantly decreased by CCI surgery. The 50% paw withdrawal
threshold of mice treated with pregabalin (60min) or radon
and pregabalin (30min, 60min) was significantly increased.
Radon inhalation also increased the 50% paw withdrawal
threshold, but this difference was not significant (Figure 4).

From the formula in Figure 2(c), we estimated the com-
bined effects of radon and pregabalin (3mg/kg of body
weight) on CCI-induced neuropathic pain. As a result, the
combination of radon and pregabalin has a mitigative effect
against mechanical allodynia similar to the effects of approx-
imately 4.1mg/kg of body weight of pregabalin. Therefore,
this combined effect is probably an additive effect because
of the mitigating effect of radon similar to the effects of
approximately 1.4mg/kg of body weight of pregabalin.

3.4. Effect of Sham-Operation, Radon Inhalation, and Pre-
gabalin Treatment on Antioxidative Functions in Paw. To
clarify the involvement of the antioxidant effects, antioxidant
associated substances, such as SOD, catalase, t-GSH, and lipid
peroxide level were assayed.

SODactivity in pawofmice that receivedCCI surgery sig-
nificantly decreased. The SOD activity of mice administered
pregabalin following CCI surgery was at the same level as that
of mice that had received CCI surgery. However, the SOD
activities of radon or radon and pregabalin treated mice were
at the same level as that of sham-operated mice (Figure 5).

Catalase activity in the paw of mice that received CCI
surgery decreased, but this difference was not significant.The
catalase activity of mice administered pregabalin following
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Figure 2: Changes in 50% pawwithdrawal threshold following pregabalin (PGB) administration. (a) Changes in sham-operation (Sham-OP)
or CCI surgery on 50% paw withdrawal threshold. ∗∗𝑃 < 0.01 versus pre-CCI (CCI), ###𝑃 < 0.001 versus post-CCI (Sham-OP). (b) Time-
and dose-dependent changes of 50% paw withdrawal threshold. ∗𝑃 < 0.05, ∗∗𝑃 < 0.01, and ∗∗∗𝑃 < 0.001 versus each CCI, #𝑃 < 0.01,
##
𝑃 < 0.01, and ###

𝑃 < 0.01 versus each sham-OP, and +𝑃 < 0.05, ++𝑃 < 0.01 versus each 1mg. (c) Effectiveness comparison between radon
and pregabalin. Values are presented as the mean ± SEM of data from 5-6 animals.

CCI surgery was at the same level as that of mice that
had received CCI surgery. However, the catalase activities of
radon inhaled mice were significantly increased compared
with CCI surgery received mice. In addition, the catalase
activity of radon and pregabalin treated mice was at the same
level as that of radon treated mice (Figure 5).

The t-GSH content in the paw of mice that had received
CCI surgery significantly decreased. The t-GSH contents of
mice treated with pregabalin, radon, or radon and pregabalin
following CCI surgery were significantly increased compared
with that of CCI surgery received mice (Figure 5).

The lipid peroxide level in the paw of mice that had
received CCI surgery increased, but this difference was not
significant. The lipid peroxide levels of mice treated with
pregabalin, radon, or radon and pregabalin following CCI
were lower than that of CCI surgery receivedmice (Figure 5).

4. Discussion

The possible mechanisms of action for pregabalin are not
completely understood [8]. It has been reported that pre-
gabalin binds with high affinity to the calcium channel
alpha2-delta (CaV𝛼2-𝛿) site [8]. Reducing the stimulated
synaptic influx of calcium reduces the stimulated release
of transmitters such as glutamate, noradrenaline, GABA,
and acetylcholine at the neuromuscular junction and spinal
inhibitory glycine [18]. To our knowledge, there are no
reports that low-dose irradiation including radon inhalation
has effects similar to pregabalin as described above or that
pregabalin has antioxidative effects. Therefore, we assumed
that the combination of radon inhalation and pregabalin
administration has additive or synergetic effects on CCI-
induced neuropathic pain. In this study, we focused on the
antioxidative functions.
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Figure 3: Changes in antioxidant-associated parameters in the paw following CCI surgery and pregabalin administration. Sham; no
pregabalin administration. Values are presented as the mean ± SEM of data from 5-6 animals. ∗𝑃 < 0.05, ∗∗𝑃 < 0.01 versus sham (CCI
only; no administration of pregabalin).
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𝑃 < 0.01, and ###
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Low-dose X- or 𝛾-irradiation has a stimulatory effect
on animals, and the stimulation induced the activation of
antioxidative functions [19, 20] and immune functions [21,
22]. These activations contribute to the inhibition of oxida-
tive stress induced damages. For example, continuous low-
dose-rate 𝛾-irradiation ameliorates diabetic nephropathy in
mice through the activation of antioxidative functions in
the kidney [23]. Another report suggested that low-dose
𝛾-ray irradiation attenuates collagen-induced arthritis by
suppressing proinflammatory cytokines and autoantibody
production and by inducing regulatory T cells [24]. Although
radon is a gas and emits 𝛼-ray, similar effects were observed.
Radon inhalation increases SOD activity in many organs of
mice [25] and inhibits some kinds of oxidative damage [3].
However, the estimated absorbed doses of these organs by
radon inhalation are much smaller than those by X- or 𝛾-
irradiation [26]. To clarify the radon effects, future research
is required because there are no data to explain why radon
inhalation increases antioxidative functions.

Oxidative stress is involved in the neuropathic pain
conditions. For example, N-acetyl-L-cysteine (NAC), which
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Figure 5: Changes in antioxidant-associated parameters in the paw.Values are presented as themean± SEMof data from6 animals. ∗𝑃 < 0.05,
∗∗
𝑃 < 0.01, and ∗∗∗𝑃 < 0.001 versus sham (CCI only; no treatment with either radon or pregabalin, pregabalin; 3mg/kg weight); ##𝑃 < 0.01,

###
𝑃 < 0.001 versus sham-OP.

acts as a cysteine donor, resulted in significant reduction of
hyperalgesia in CCI-induced neuropathic pain in rats. This
report also suggested that glutathione plays an important role
in the inhibition of neuropathic pain because of its capacity
to donate cysteine amino acid, a component of glutathione
[27]. We previously reported that radon inhalation brings
pain relief for CCI-induced neuropathic pain in mice due to
the activation of antioxidative functions [7]. This activation
is involved in the decrease in the inflammatory leukocytes
migration in the paw, indicating the anti-inflammatory
effects of radon inhalation. These findings suggest that
inhibition of overproduction of ROS plays an important role
in the mitigation of CCI-induced neuropathic pain. In this
study, antioxidant associated substances were increased by
radon inhalation and 50% paw withdrawal thresholds were
increased. Interestingly, antioxidant associated substances of
mice treated with a combination of radon and pregabalin
were increased. Although the t-GSH of mice treated with
pregabalin increased, the activities of SOD and catalase did
not increase. These findings suggested that antioxidative

functions activate much more in radon inhalation than pre-
gabalin administration and that the mitigation mechanisms
of radon and pregabalin are different.

Our previous report suggested that radon inhalation at
a concentration of 2,000 Bq/m3 is more effective in CCI-
induced neuropathic pain in mice than that of 1,000 Bq/m3
[7]. In this study, we made a choice of a lower radon
concentration because lower radon concentration can reduce
the absorbed dose.The absorbed dose from radon inhalation
should be reduced to reduce lung cancer risk. In this study,
the combination of radon and pregabalin enhanced the
mitigative effect against mechanical allodynia.These findings
indicate the usefulness of the combination of radon and
pregabalin.

In conclusion, radon inhalation at a concentration of
1,000 Bq/m3 for 24 hours has a mitigative effect against
mechanical allodynia similar to the effects of approximately
1.4mg/kg weight of pregabalin.The combined effect of radon
and pregabalin is an additive effect because the combination
of radon and pregabalin has a mitigative effect against
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mechanical allodynia similar to the effects of approximately
4.1mg/kg weight of pregabalin. The possible mechanism of
the additive effect is the activation of antioxidative functions
induced by radon inhalation. However, the effects of radon
inhalation on the nerve system have yet to be confirmed.
They provide a substantial basis for future studies aimed at
assessing the detailed mechanisms of the additive effects of
neuropathic pain.

Conflict of Interests

The authors report no conflict of interests.

Acknowledgments

The authors are grateful to the staff of both the Depart-
ments of Radiation Research and Animal Resources, Shikata
Laboratory, Advanced Science Research Center, Okayama
University, for their technical support. They are also grateful
to Mr. Tetsuya Nakada and Mr. Yuki Hino for their technical
assistance. This research was supported by the Ryobi Teien
Memory Foundation.

References

[1] K. Yamaoka, F. Mitsunobu, K. Hanamoto, S. Mori, Y. Tanizaki,
and K. Sugita, “Study on biologic effects of radon and thermal
therapy on osteoarthritis,” The Journal of Pain, vol. 5, no. 1, pp.
20–25, 2004.

[2] A. Falkenbach, J. Kovacs, A. Franke, K. Jörgens, and K. Ammer,
“Radon therapy for the treatment of rheumatic diseases-review
and meta-analysis of controlled clinical trials,” Rheumatology
International, vol. 25, no. 3, pp. 205–210, 2005.

[3] T. Kataoka, “Study of antioxidative effects and anti-
inflammatory effects in mice due to low-dose X-irradiation or
radon inhalation,” Journal of Radiation Research, vol. 54, no. 4,
pp. 587–596, 2013.
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Cu/Zn superoxide dismutase (SOD1) knockout (KO) mice are known as an aging model in some aspects, but the damage and
regeneration process of each fiber type have not been sufficiently studied. In this study, we investigated the damage and satellite cell
state of the gastrocnemius muscle in SOD1 KO mice (6 months old) using immunohistochemical staining and real-time RT-PCR.
The proportion of central nuclei-containing Type IIx/b fibers in the deep and superficial portions of the gastrocnemius muscle
was significantly higher in SOD1 KO than control mice. The number of satellite cells per muscle fiber decreased in all muscle fiber
types in the deep portion of the gastrocnemius muscle in SOD1 KO mice. In addition, the mRNA expression levels of Pax7 and
myogenin, which are expressed in satellite cells in the activation, proliferation, and differentiation states, significantly increased
in the gastrocnemius muscle of SOD1 KO mice. Furthermore, mRNA of myosin heavy chain-embryonic, which is expressed in
the early phase of muscle regeneration, significantly increased in SOD1 KO mice. It was suggested that muscle is damaged by
reactive oxygen species produced in the mitochondrial intermembrane space in Type IIxb fibers, accelerating the proliferation and
differentiation of satellite cells through growth factors in SOD1 KO mice.

1. Introduction

Reactive oxygen species (ROS) are associated with cardiovas-
cular and neurodegenerative diseases developing with aging
[1]. ROS also inhibit the normal skeletal muscle regeneration
process, being involved in age-related skeletal muscle weak-
ness, that is, sarcopenia [2]. Generally, when skeletal muscle
is damaged by stimulation, such as an overload, satellite
cells, which are dormant myogenic stem cells, are activated.
Activated satellite cells supply myonuclei to damaged muscle
fibers through proliferation and differentiation, contributing
to skeletal muscle repair. Some proliferated satellite cells do
not differentiate into myonuclei, and they return to the dor-
mant state and maintain a satellite cell pool for regeneration
as a self-renewal system. Since ROS production markedly
increases with aging [3], interference with the regeneration
process described above by ROS may be a cause of skeletal
muscle weakness.

Many tissues including skeletal muscle possess a superior
system to control ROS, and superoxide dismutase (SOD) is
one of the enzymes playing a control role. SOD mediates the
disproportional reaction of converting oxygen, a species of
ROS, to hydrogen peroxide in the body. There are isoforms
of SOD: Cu-Zn SOD (SOD1) localized in the cytoplasm and
mitochondrial intermembrane space and Mn SOD (SOD2)
localized in mitochondria. Previous studies reported that
SOD1 deficiency accelerated aging-related muscle weight
reduction and the accumulation of oxidative damage in
mice [4], suggesting that these were caused by superoxide
increased by SOD1 deficiency and its secondary product.
Thus, SOD1 KO mice are a useful model to investigate the
influence of ROS and aging on the regeneration process
of skeletal muscle. However, the muscle fiber regeneration
process with satellite cell dynamics in SOD1 KO mice has
not been sufficiently studied. In this study, SOD1 deficiency-
induced structural and functional changes in muscle cells
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were investigated using immunohistochemical techniques
and real-time RT-PCR.

2. Materials and Methods

All procedures were approved by the Animal Welfare and
Ethics Committee of the Yamaguchi University and followed
the American Physiological Society’s Animal Care Guide-
lines.

2.1. Animals and Muscle Sampling. Seven SOD1−/− (SOD1
KO) mice [5] and seven control (CTL; C57BL/6 strain)
mice were used in this study (males, 6.2 ± 0.2 months old).
SOD1+/− b129Sv mice purchased through Jackson Labora-
tories (Bar Harbor, ME, USA) were backcrossed more than
8 times with C57BL/6 males and bred at our institute. All
mice were maintained in a room controlled temperature and
12 h : 12 h light/dark cycle and unrestricted access to food
and water. All animals were anaesthetized with pentobarbital
sodium (60mg/kg, intraperitoneally), and then left and right
gastrocnemius muscles were removed. All muscle samples
were frozen by liquid nitrogen and stored at −80∘C until
analyzed.

2.2. Immunohistochemical Analysis. Serial 10 𝜇m cross sec-
tions of the right muscle were obtained on a cryostat (CM510;
Leica, Wetzlar, Germany) at −20∘C. The sections were
warmed to room temperature (RT) and then preincubated
in 1% normal goat serum (EMD Millipore, Billerica, MA)
in 0.1M phosphate buffered saline (PBS; pH 7.6) at RT for
10min. The primary monoclonal antibody was then applied:
either (1) fast myosin (1 : 2000; Sigma, St. Louis, MO), which
specifically reacts with the myosin heavy chain- (MHC-)
IIa and IIx, or (2) SC-71 (1 : 1000; Developmental Studies
Hybridoma Bank, Iowa City, IA), which specifically reacts
with MHC-IIa.The sections were incubated in these primary
antibodies overnight at RT and incubated with a secondary
antibody (goat anti-mouse IgG) conjugated with horseradish
peroxidase (HRP, Bio-Rad, Hercules, CA, 1 : 1,000) at RT for
3 hours. Diaminobenzidine tetrahydrochloride was used as
a chromogen to localize HRP. Images of the stained muscle
fibers were recorded with a photomicroscopic (E600; Nikon,
Tokyo, Japan) image processing system (DS-U1; Nikon).
The fibers were classified as Type I, IIa, or IIx/b fibers
based on their immunohistochemical staining properties,
and population and cross-sectional areas (CSAs) of each
muscle fiber type were calculated in deep and superficial
portions (Figure 1(a)).

2.3. Muscle Nuclei and Satellite Cell Identification. In another
serial section, hematoxylin and eosin (HE) staining was
conducted based on standard procedures. Number of nuclei
and percentage of fibers with central nuclei were calculated
for the 3 fiber types separately (Figures 1(b) and 1(c)).

Another serial section was fixed in 4% paraformaldehyde
in 0.1M PBS at RT for 10min. These sections were prein-
cubated in blocking solution containing 10% normal goat
serum (EMDMillipore) and 2%bovine serum albumin (BSA;

Sigma) in PBS at RT for 30min. Each section was incubated
for 1 hour at RT in the primary antibodies, a mouse anti-
Pax7 (1 : 1000; Developmental Studies Hybridoma Bank) and
a rabbit anti-laminin (1 : 1000; Sigma) diluted in 2% bovine
serum albumin/PBS. The sections were incubated in appro-
priate secondary antibodies: Cy3-conjugated AffiniPure goat
anti-mouse IgG (1 : 1000; Jackson ImmunoResearch, West
Grove, PA) for Pax7 and AlexaFluor488 goat anti-rabbit IgG
(1 : 1000; Molecular Probes, Eugene, OR) for laminin, respec-
tively. After incubation, the sections were stained with 4,6-
diamidino-2-phenylindole (DAPI,Molecular Probes) diluted
in PBS at RT for 5min. Images for anti-Pax7, antilaminin,
and DAPI were merged with an image processing software
(Adobe Photoshop software CS2) and used for quantification
of satellite cells. Satellite cells were identified as stained
positive for bothDAPI and Pax7 at the periphery of each fiber
beneath the basal lamina. The numbers of satellite cells/fiber
were calculated for the 3 fiber types separately (Figure 1(d)).

2.4. RNA Isolation and Real-Time RT-PCR. Total RNA was
extracted from the left muscles with TRIZOL reagent (Invit-
rogen, Carlsbad, CA). The purity and quantity of total RNA
were determined by measuring the absorbance of aliquots
at 260 and 280 nm. Total RNA was then treated for 30min
at 37∘C with TURBO DNase (Ambion-Life Technologies,
Austin, TX) to remove genomic DNA from samples. DNase-
treated RNA (0.5𝜇g) was used to synthesize first-strand
cDNA with an Exscript RT reagent Kit (TaKaRa Bio, Otsu,
Japan).Thereafter, the cDNA products were analyzed by real-
time PCR using the SYBR Green PCR Master Mix protocol
in a StepOne Real-Time PCR System (Applied Biosystems
Japan, Japan).

The amplification program included an initial denatu-
ration step at 95∘C for 10min, 40 cycles of denaturation at
95∘C for 30 sec, and annealing/extension at 58∘C for 1min.
The amount of glyceraldehyde-3-phosphate dehydrogenase
(GAPDH) mRNA was estimated as an internal control. Each
mRNA was normalized to GAPDH by subtracting the cycle
threshold (Ct) value of GAPDH from the Ct value of the gene
target [ΔCt (target)].The relative expression of the target gene
was calculated as the relative quantification (RQ) value for
CTL value. Following the relative expression, dissociation-
curve analysis detected no nonspecific amplification in cDNA
samples.

The sequences of the specific primers used in this study
were presented in Table 1. Each PCR primer was designed by
Primer Express software (v3.0; Applied Biosystems), and the
oligonucleotides were purchased from FASMAC (Kanagawa,
Japan).

2.5. Statistics. All data are presented as the mean ± SE. Data
obtained from the histochemical analysis were analyzed with
one-way ANOVA followed by 𝑡-test with Bonferroni adjust-
ment. A Wilcoxon’s signed-rank test was used to compare
differences inmRNAexpressions between SOD1KOandCTL
mouse. Statistical significance was set at 𝑃 < 0.05.
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Figure 1: Histochemical staining sections of gastrocnemius muscle in mice. (a) Antimyosin heavy chain IIa; (b) and (c) hematoxylin and
eosin staining; (d) identification of satellite cells by immunohistochemical triple staining. Only Type IIx/b fibers were present in the muscle
(most superficial portion in (a)), while muscle fibers in the deep portion consisted of Types I, IIa, and IIx/b (small portion deeper than
connective tissue (CT)). Many fibers with central nuclei (white arrows) were found in Cu/Zn superoxide dismutase (SOD1) knockout (KO)
mice (c) but not in control (CTL) mice (b). Satellite cells (white arrows) were identified as stained positive for both DAPI (blue) and Pax7
(red) at the periphery of each fiber beneath the basal lamina (green) in (d).

Table 1: Real-time RT-PCR primer sequences.

GAPDH F CATGGCCTTCCGTGTTCCTA
R GCGGCACGTCAGATCCA

SOD1 F GCCCGGCGGATGAAG
R CCTTTCCAGCAGTCACATTGC

Myogenin F AGCATCACGGTGGAGGATATG
R CAGTTGGGCATGGTTTCGT

IL-6 F CCACGGCCTTCCCTACTTC
R TTGGGAGTGGTATCCTCTGTGA

Pax7 F AAAAAACCCTTTCCCTTCCTACA
R AGCATGGGTAGATGGCACACT

MyoD F GCCGGTGTGCATTCCAA
R CACTCCGGAACCCCAACAG

MHC-e F GAGCAGCTGGCGCTGAA
R TCTGATCCGTGTCTCCAGTTTCT

SOD1: superoxide dismutase 1; IL-6: interleukin-6; Pax7: paired box 7
protein; MyoD: myogenic determination; MHC-e: myosin heavy chain-
embryonic.

3. Results

3.1. Body and Muscle Weights. Although the difference was
not significant, the body weight was 17% lower in SOD1 KO
than CTL mice (CTL: 33.2 ± 2.4 g, SOD: 27.4 ± 2.0%). The
muscle weight also tended to decrease (CTL: 62.8 ± 4.9mg,
SOD: 55.6 ± 3.3mg), and the relative muscle weight for the
body weight was about 0.2% in both groups.

3.2. Muscle Fiber Type Population and Area. Based on the
results of immunohistochemical staining, the gastrocnemius
muscle was divided into the deepest and superficial portions,
and 300 fibers were analyzed in each portion, setting the
baseline to the parameters in connective tissue in the deep
portion.

Regarding the muscle fiber type population, Type IIa
fibers increased and Type IIx/b fibers decreased in the deep
portion of the gastrocnemius muscle in SOD1 KO mice
compared to those inCTLmice.No changewas noted inType
I fiber composition. Only Type IIx/b fibers were present in
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Figure 2: Comparison of cross-sectional area (CSA) in each fiber type between CTL and SOD1 KO mice. No significant differences were
noted in the CSA of all fiber types in both portions. D: deep portion; S: superficial portion. Values are mean ± SE.

the superficial portion of the gastrocnemius muscle in both
mouse groups.

As shown in Figure 2, the CSA in the deep portion of
the gastrocnemius muscle tended to increase in SOD1 KO
mice compared to those in CTL mice, but no significant
difference was noted in any muscle fiber type. Similarly,
no significant change was noted in Type IIx/b CSA in the
superficial portion.

3.3. Myonuclei and Satellite Cells. As shown in Figure 3, the
tendency of the myonuclear number was similar to that
of the CSA: the myonuclear number increased in all fiber
types in the deep portion in SOD1 KO mice compared to
those in CTL mice, but the increases were not significant. A
similar tendencywas noted in Type IIx/b fibers occupying the
superficial portion.

As shown in Figure 4, the proportion of Type IIx/b fibers
containing a central nuclei (%) in the deep portion was
significantly higher in SOD1 KO than CTL mice. No central
nuclei was present in Type I fibers in the deep portion in
either group, but it tended to increase in Type IIa fibers in
SOD1 KO mice compared to that in CTL mice. In addition,
the proportion of central nuclei-containing Type IIx/b fibers
in the superficial portionwas significantly higher in SOD1KO
than CTL mice.

As shown in Figure 5, the number of satellite cells per
specified number ofmuscle fibers tended to decrease in SOD1
KO mice compared to that in CTL mice in all muscle fiber
types. A similar tendency was noted in Type IIx/b fibers in
the superficial portion.

3.4. Satellite Cell-Related mRNA Expression. Since it is dif-
ficult to accurately divide the deep and superficial portions
for real-time RT-PCR, the 2 regions were combined in this
analysis, and the expression level was presented as a value
relative to that in CTL mice (Figure 6). SOD1 mRNA SOD1
expression was not detected in SOD1 KO mice. Expressions
of Pax7, which is expressed in the activation and proliferation
states of satellite cells, and myogenin, which is expressed
in the differentiation state, were significantly enhanced in
SOD1 KO mice compared to those in CTL mice. Similarly,
the expression level of MyoD, which is expressed in the
proliferation and differentiation states, tended to increase.
The expression level of an inflammatory cytokine, IL-6, which
is a satellite cell activator, tended to increase in SOD1 KO
mice. The expression level of MHC-embryonic (MHC-e),
which is considered to be expressed in the early phase of
muscle regeneration, significantly increased in SOD1 KO
mice.

4. Discussion

4.1. SOD1 Deficiency-Associated Muscle Fiber Damage. The
rate of central nuclei-containing Type II fibers in the superfi-
cial and deep portion of the gastrocnemiusmuscle was higher
in SOD1 KO than CTL mice, and the rate of central nuclei-
containing Type IIx/b fibers was significantly higher, being
consistentwith the results of previous studies inwhich central
nucleus increased in the flexor digitorum brevis muscle in
SOD1 KO mice [6]. Generally, central nuclei are observed in
muscle fibers in the regeneration process.Therefore, the high
proportion of central nuclei-containing fibers in SOD1 KO
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Figure 3: Comparison of number of myonuclei in each fiber type between CTL and SOD1 KO mice. Myonuclear number of all fiber types
tended to increase in both portions in SOD1 KO mice compared to those in CTL mice. D: deep portion; S: superficial portion. Values are
mean ± SE.
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Figure 5: Comparison of number of satellite cells in both portions between CTL and SOD1 KO mice. Number of satellite cells per specified
number of muscle fibers tended to decrease in SOD1 KO mice compared to that in CTL mice in all muscle fiber types. D: deep portion; S:
superficial portion. Values are mean ± SE.

micemay have been due tomarked oxidative damage by ROS
compared to that in CTL mice. High H

2
O
2
production in

Type II fibers, particularly Type IIb fibers, was demonstrated
in a preceding study [7], in which it was also suggested that
superoxide production occurs in the intermembrane space in
Type IIb fibers, not in the matrix, being different from that
in other fiber types. These findings suggest that the necessity
of SOD1 present in the mitochondrial intermembrane space
is higher for Type IIb than other fiber types. However, high
ROS production in Type IIb fibers contradicts the fact that
Type I fibers contain more mitochondria, the main source
of ROS production. This contradiction may be related to
differences in the partial pressure of oxygen among muscle
fiber types and ROS production under a hypoxic condition.
The partial pressure of oxygen in the microvasculature is
low in the gastrocnemius muscle, rich in Type II fibers,
compared to the soleus muscle and diaphragm, rich in Type
I fibers, and a lower partial pressure of oxygen in a region
containing many fast muscle fibers than that in a region
containing less fast muscle fibers within the gastrocnemius
muscle has been reported [8]. It is also known that ROS
production is inhibited by lowering the electron current
passing through the electron transport chain to adapt to a
hypoxic condition of the tissue. Under a hypoxic condition,
the mitochondrial electron transport efficiency decreases,
and ROS are produced through passing electrons from com-
plexes I and III to molecules different from normal receiver

molecules [9]. In addition, an increase in ROS by a complex
III inhibitor, antimycin, and the prevention of oxidative
stress-associated ischemia-reperfusion injury by decreasing
metabolic dependence on the electron transport chain have
been clarified [10, 11]. Furthermore, it has been shown that
the ability of oxidative fibers to upregulate NO-induced
antioxidative enzymes is higher than that of glycolytic fibers
[12]. Considering these comprehensively, the differences in
the number of central nucleus among the fiber types in
SOD1 KO mice may have been due to hypoxia-induced or
low antioxidative enzyme level-associated ROS production
in the mitochondrial intermembrane space in Type II fibers,
particularly Type IIx/b fibers.

4.2. Influence of SOD1 Deficiency on Satellite Cells. On
analysis of mRNA expression using real-time RT-PCR,
significant increases in the Pax7, myogenin, and MHC-e
mRNA levels and a slight increase in the MyoD mRNA
level were observed in the gastrocnemius muscle of SOD1
KO mice. Pax7, MyoD, and myogenin are markers detected
in the resting/proliferation, proliferation/differentiation, and
differentiation states of satellite cells, respectively. MHC-e is
expressed in the fetal period and muscle regeneration before
differentiation into adult fiber types. Since these factors
were upregulated, satellite cells may have been activated
in SOD1 KO mice compared to those in CTL mice, and
the muscle regeneration process may have been enhanced.
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are mean ± SE. ∗𝑃 < 0.05, versus CTL.

Actually, the myonuclear number per muscle fiber tended to
increase in SOD1 KOmice, whichmay have resulted from the
differentiation of satellite cells into myonuclei.

There aremany commonpoints between SOD1 deficiency
and aging-related changes, such as increases in ROS pro-
duction and inflammatory cytokines and reduction of the
muscle function [2]. A study on satellite cell activation and
the stem cell niche clarified thatMyoD andmyogeninmRNA
expressions in satellite cells are more markedly enhanced in
senescence compared to those in early life, showing that the
activation and differentiation of satellite cells are promoted
in senescence, whereas the Pax7-positive rate of satellite
cells decreased in senescence, suggesting that the replication
competence of satellite cells decreases with aging, reducing
the number of satellite cells [13]. In addition, stem cell niche-
derived fibroblast growth factor-2 (FGF2) was identified as
the main cause of these aging-related changes in the study.
In our study, the number of satellite cells per muscle fiber
decreased in SOD1 KO mice compared to that in the CTL
mice. It has also been suggested that an increase in ROS
production leads to an increase in FGF2 production in sheep
pulmonary arterial smooth muscle cells [14]. An increase in
the IL-6 mRNA expression level was observed in our study.
IL-6 is a satellite cell activator through the JAK/STAT3 signal-
ing pathway (Janus kinase/signal transducer and activators of
transcription 3) [15, 16], and it has been demonstrated to be
a regulatory factor essential for skeletal muscle hypertrophy
in a compensatory overload experiment using IL-6 KO mice
[17].

Therefore, enhanced MyoD, myogenin, and MHC-e
mRNA expressions in SOD1 KO mice observed in our study

may have been due to the activation of satellite cells by
constantly increased FGF2 and IL-6 induced by constantly
increased ROS.

4.3. Specificity of SOD KO Mouse Model. SOD1 KO mice
are considered a useful model to investigate the association
between an increase in ROS production and muscular atro-
phy, but responses specific to this model are also observed.
For example, increases in the PGC1𝛼mRNA expression level
and mitochondria in SOD1 KO mice have been reported
[18], whereas reduction of the PGC1𝛼 expression level
and mitochondrial function by increased ROS production
in response to aging-related changes, disuse, and hypoxic
stimulation has been observed [18–23]. Moreover, slowed
muscle contraction-inducing adaptive responses [24] and
the accumulation of mitochondria below the muscle cell
membrane have been observed in SOD1 KO mice [18, 25]. It
has been suggested that constant ROS production interferes
with ROS production during muscle contraction, slowing
muscle contraction-inducing adaptive responses [24]. Actu-
ally, another study [6] reported the absence of an increase
in ROS after contraction in SOD1 KO mice. It has also
been clarified that the muscle contraction-inducing ROS
production in CTL mice is higher than that in resting SOD1
KO mice [6], and expression of proteins with antioxidative
actions, such as SOD2 and heat shock proteins, is enhanced in
SOD1KOmice compared to those in controlmice [24].These
phenomena indicate that constant ROS productionmarkedly
changes the antioxidative defense system, to which attention
should be paid when SOD1 KO mice are considered as an
aging model.

5. Conclusion

The proportion of central nuclei-containing Type IIx/b fibers
in the deep and superficial portions of the gastrocnemius
muscle was significantly higher in SOD1 KO than CTL mice.
The mRNA expression levels of Pax7, myogenin, and MHC-
embryonic significantly increased in SOD1 KO mice. It was
suggested that muscle is damaged by ROS produced in Type
IIxb fibers, accelerating the proliferation and differentiation
of satellite cells in SOD1 KO mice.
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Obestatin, a 23-amino acid peptide derived from the proghrelin, has been shown to exhibit some protective and therapeutic effects
in the gut. The aim of present study was to determine the effect of obestatin administration on the course of acetic acid-induced
colitis in rats. Materials and Methods. Studies have been performed on male Wistar rats. Colitis was induced by a rectal enema
with 3.5% acetic acid solution. Obestatin was administered intraperitoneally twice a day at a dose of 8 nmol/kg, starting 24 h
after the induction of colitis. Seven or 14 days after the induction of colitis, the healing rate of the colon was evaluated. Results.
Treatment with obestatin after induction of colitis accelerated the healing of colonic wall damage and this effect was associated
with a decrease in the colitis-evoked increase in mucosal activity of myeloperoxidase and content of interleukin-1𝛽. Moreover,
obestatin administration significantly reversed the colitis-evoked decrease in mucosal blood flow and DNA synthesis. Conclusion.
Administration of exogenous obestatin exhibits therapeutic effects in the course of acetic acid-induced colitis and this effect is
related, at least in part, to the obestatin-evoked anti-inflammatory effect, an improvement of local blood flow, and an increase in
cell proliferation in colonic mucosa.

1. Introduction

Obestatin is a 23-amino acid peptide derived from pre-
proghrelin, a common prohormone for ghrelin and obestatin
[1–3].Obestatinwas originally extracted from the rat stomach
and the stomach seems to be a major source of circulating
obestatin [1, 2, 4]. Secretion of obestatin is pulsative and
displays an ultradian rhythmicity similar to ghrelin and
growth hormone [5]. In contrast to ghrelin, obestatin has
been reported to be an anorexic hormone, reducing food

intake, gastric emptying time, jejunal motility, and body
weight gain [2, 3].

Previous studies have shown that pretreatment with
ghrelin, an alternative product of posttranslational processing
of preproghrelin, protects gastric mucosa against damage
evoked by different noxious factors [6–8] and inhibits the
development of experimental acute pancreatitis [9, 10].
Moreover, apart from its protective effect, ghrelin exhibits
therapeutic effect in the gut. It accelerates the healing of
gastric [11], duodenal [11, 12] and oral ulcers [13], and colonic
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inflammation [14, 15]. Therapeutic effect of ghrelin has been
also shown in experimental models of acute pancreatitis [16–
19].

In the case of obestatin, there are studies which have
shown that also this peptide exhibits some protective and
therapeutic effects in the gut [3]. It has been demonstrated
so far that preventive administration of obestatin inhibits the
development of cerulein- and ischemia/reperfusion-induced
acute pancreatitis [20, 21]. Moreover, Granata et al. have
reported that obestatin promotes survival of pancreatic islets,
especially 𝛽-cell [22]. In the stomach, it has been shown
that treatment with obestatin accelerates the healing of acetic
acid-induced gastric ulcers [23]. Moreover, previous studies
have suggested that endogenous and exogenous obestatin
may affect or be related to the development of colitis.
Alexandridis et al. have found that the ratio of serum level
of obestatin to ghrelin in patients with active inflammatory
bowel disease (IBD) is significantly lower than in patients
with remission [24]. This observation was confirmed by Jung
et al. and they have suggested that the obestatin/ghrelin ratio
may be useful in monitoring of remission in the course of
IBD [25]. Furthermore, one experimental study has shown
protective effect of obestatin in the colon. Pamukcu et al. have
reported that administration of obestatin before and during
the development of dextran sodium sulfate-induced colitis
reduces the severity of this inflammation [15].

The objective of the present research was to determine
whether administration of obestatin after the development of
colitis exhibits therapeutic effect in this disease.

2. Material and Methods

2.1. Animals and Treatment. Studies were performed on 80
male Wistar rats weighing 270–320 g and were conducted
following the experimental protocol approved by the 1st Local
Committee of Ethics for the Care and Use of Laboratory
Animals in Cracow (Permit number 2/2013 released on
January 16, 2013). During the experiments animals were
kept in cages placed in room temperature with a 12 h light-
darkness cycle. Animals were fasted, with free access to water,
for 18 h prior to induction of colitis. Later, water and food
were available ad libitum.

The animals were randomly divided into four groups: (1)
control ratswithout colitis induction treated intraperitoneally
(i.p.) with saline; (2) rats without colitis induction treated i.p.
with obestatin; (3) rats with colitis treated i.p. with saline; (4)
rats with colitis treated i.p. with obestatin.

In the rats anesthetized with pentobarbital (30mg/kg i.p.,
Vetbutal, Biowet, Puławy Poland), colitis was induced by
a rectal enema with 1mL of 3.5% (v/v) acetic acid diluted
in saline. Acetic acid solution was administered through a
polyethylene catheter inserted into the rectum. There are
different models of acetic acid-induced colitis and the tip
of catheter can be positioned from 1.2 [26] to 8 cm [27]
proximal to the anus verge. For this reason we have chosen
an intermediate depth of catheter insertion, 4.5 cm from the
anus. Rats without induction of colitis obtained rectal enema
with an aqueous saline solution administered at the same

manner as a solution of acetic acid in animals with induction
of colitis.

Starting 24 hours after a rectal enema with saline or
acetic acid, the rats were treated with saline (groups 1 and
3) or obestatin (groups 2 and 4) administered i.p. twice
a day. Rat obestatin (Yanaihara Institute, Shizuoka, Japan)
was given at a dose of 8 nmol/kg. This dose was chosen
because previous studies have shown that obestatin given at
a dose 8 nmol/kg exhibits strong and repeatable therapeutic
effect in the healing of chronic gastric ulcers [23]. Rats from
each experimental group were randomly divided into two
subgroups. In the first subgroup, the healing rate of the colon
was evaluated 7 days after the acetic acid enema. In the
second subgroup evaluation was performed 7 days later. Each
subgroup consisted of 10 animals.

2.2. Measurement of Colonic Blood Flow and Colonic Damage.
At the end of the experiments, animals were anesthetized
again with pentobarbital. After opening the abdominal cavity
and exposure of the colon, the rate of colonic blood flow
was measured using laser Doppler flowmeter (PeriFlux 4001
Master monitor, Perimed AB, Järfälla, Sweden), in accor-
dance with the methodology described before [28]. The
measurement of mucosal blood flow was performed every
time in five parts of the descending and sigmoid colon and
themain value of five records was expressed as the percentage
of the value obtained in the animals from the control group.
After the measurement of colonic blood flow, anesthetized
animals were euthanized by exsanguination from the abdom-
inal aorta. Then, the area of mucosal damage was measured,
using a computerized planimeter (Morphomat, Carl Zeiss,
Berlin, Germany), in accordance with the method described
earlier [12]. Briefly, the large bowel was removed from the
body, opened along of its long axis on the side opposite to
the mesentery, and washed with ice-cold saline. The colon
sampleswere flattened and carefully sandwiched between two
layers of transparent plastic folder. The area of damage was
measured by tracing its perimeter.

2.3. Biochemical Analysis. The dynamics of DNA replication
in the colon mucous membrane was marked with radioiso-
topemethod throughmeasurement of tritium-labeled thymi-
dine incorporation into DNA, according to the methodology
described before [29]. Amucousmembrane sample was frag-
mented with scissors, subsequently, the tissue was incubated
in 37∘C for 45 minutes in 2mL of nutritive solution con-
taining tritium-marked thymidine ([6-3H] thymidine, 20–
30Ci/mmol; Institute for Research, Production and Applica-
tion of Radioisotopes, Prague, Czech Republic), with activity
of 8𝜇Ci/mL. Incorporation of [3H]-thymidine into DNAwas
determined by counting 0.5mLDNA-containing supernatant
in liquid scintillation system. The rate of DNA synthesis was
expressed as disintegration per minute [3H]-thymidine per
microgram DNA (dpm/𝜇g DNA).

Samples of the colonic mucosa, in which the concen-
tration of interleukin-1𝛽 was measured, were homogenized
in phosphate buffer at 4∘C. Then the homogenate was
centrifuged and the concentration of interleukin-1𝛽 in the
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Figure 1: Effect of saline or obestatin given intraperitoneally for
7 or 14 days on the area of colonic lesions in rats without or with
acetic acid-induced colitis. Mean value ± SEM. 𝑁 = 10 animals in
each experimental group and each time of observation. a𝑃 < 0.05

compared to control at the same time of observation; b𝑃 < 0.05
compared to colitis plus saline at the same time of observation.

supernatant was determined using the Rat IL-1𝛽 Platinum
Elisa (Bender MedSystem GmbH, Vienna, Austria). The
concentration of interleukin-1𝛽 of the colonic mucosa was
expressed in nanograms per 1 gram of tissue.

Biopsy samples for measurement of mucosal myeloper-
oxidase activity were homogenized in ice-cold potassium
phosphate and, until the marking was done, stored at the
temperature of−60∘C.Markingmyeloperoxidase activity was
performed with the use of a modification of the method
described by Bradley et al. [30]. Results obtained in units per
gram of tissue were finally expressed as a percentage of the
value observed in the control group.

2.4. Statistical Analysis. Statistical analysis of the data was
carried out by one-way analysis of variance (ANOVA) fol-
lowed by Tukey’s multiple comparison test using GraphPad-
Prism (GraphPad Software, San Diego, CA, USA). Differ-
ences were considered to be statistically significant when 𝑃
was less than 0.05.

3. Results

Figure 1 shows the influence of obestatin administration on
the healing of acetic acid-induced mucosal damage in the
colon. In saline- and obestatin-treated rats without induction
of colitis no mucosal damage was observed. In saline-treated
rats, 7 days after the induction of colitis, the mucosal damage
area was 16.2 ± 0.8mm2, whereas 7 days later it was reduced
to 6.8 ± 0.4mm2 as a result of spontaneous regeneration.
Treatment with obestatin for 7 days after administration of
acetic acid accelerated a reduction in the mucosal damage
area by 35.2%. After the next 7 days of treatment with
obestatin, the area of colonic damage was reduced by around
78% when compared to lesions observed in the animals
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Figure 2: Effect of saline or obestatin given intraperitoneally for
7 or 14 days on the rate of DNA synthesis in colonic mucosa in
rats without or with acetic acid-induced colitis. Mean value ± SEM.
𝑁 = 10 animals in each experimental group and each time of
observation. a𝑃 < 0.05 compared to control at the same time of
observation; b𝑃 < 0.05 compared to colitis plus saline at the same
time of observation.

treated with saline. The healing promoting effect of obestatin
was statistically significant at both periods of observation,
after 7 and 14 days of obestatin administration (Figure 1).

In the rats without induction of colitis, administration
of obestatin at a dose used failed to affect significantly DNA
synthesis in colonic mucosa (Figure 2). Induction of colitis
by an enema with acetic acid led to reduction in mucosal
DNA synthesis in the colon. DNA synthesis in the colonic
mucosa was significantly reduced by around 45 and 32% at
the 7th and 14th day after induction of colitis, respectively.
Treatment with obestatin partly reversed the colitis-evoked
reduction in DNA synthesis in the colonic mucosa and this
effect was statistically significant after 14 days of obestatin
administration (Figure 2).

In the groups of animals without induction of colitis,
intraperitoneal administration of obestatin for 7 or 14 days
failed to affect mucosal blood flow in the colon (Figure 3).
In the rats with colitis, 7 days after an enema with acetic
acid, blood flow through the colonic mucosa was signifi-
cantly reduced by around 50%, when compared to the value
observed in the control animals without colitis. After the next
seven days, mucosal blood flow in the colon of the animals
with colitis was almost fully restored and no significant
difference was observed in comparison to a value in control
group of animals. In the rats with colitis, administration of
obestatin caused an improvement of mucosal blood flow in
the colon and this effect was statistically significant at the 7th
day after the induction of colitis (Figure 3).

In the rats without colitis, administration of obestatin
for 7 or 14 days at the dose used was without any effect
on mucosal concentration of interleukin-1𝛽 (IL-1𝛽) in the
colon (Figure 4). Induction of colitis significantly increased
mucosal concentration of IL-1𝛽 in the colon. As shown in
Figure 4, ratswith colitis demonstratedmore than 10-fold and
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Figure 3: Effect of saline or obestatin given intraperitoneally for 7
or 14 days on mucosal blood flow in the colon rats without or with
acetic acid-induced colitis. Mean value ± SEM. 𝑁 = 10 animals in
each experimental group and each time of observation. a𝑃 < 0.05

compared to control at the same time of observation; b𝑃 < 0.05
compared to colitis plus saline at the same time of observation.
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Figure 4: Effect of saline or obestatin given intraperitoneally for
7 or 14 days on interleukin-1𝛽 concentration in colonic mucosa
in rats without or with acetic acid-induced colitis. Mean value ±
SEM. 𝑁 = 10 animals in each experimental group and each time
of observation. a𝑃 < 0.05 compared to control at the same time of
observation; b𝑃 < 0.05 compared to colitis plus saline at the same
time of observation.

6-fold increase in this parameter at the 7th day and 14th after
induction of colitis, respectively. Administration of obestatin
at the dose used partly reversed the colitis-evoked increase in
mucosal concentration of IL-1𝛽 and this effectwas statistically
significant in both periods of observation (Figure 4).

Administration of obestatin for 7 or 14 days was without
effect onmucosalmyeloperoxidase activity in the colon in the
rats without colitis induction (Figure 5). In rats treated with
saline after induction of colitis, 7 days after induction of this
inflammation, myeloperoxidase activity in colonic mucosa

0

1

2

a, b

a

a

bbbbb

M
ye

lo
pe

ro
xi

da
se

 (U
/m

g 
tis

su
e)

7 days
14 days

Colitis
ObestatinSalineObestatinSaline

Without colitis

(control)
++

Figure 5: Effect of saline or obestatin given intraperitoneally for 7
or 14 days on myeloperoxidase activity in colonic mucosa in rats
without or with acetic acid-induced colitis. Mean value ± SEM.
𝑁 = 10 animals in each experimental group and each time of
observation. a𝑃 < 0.05 compared to control at the same time of
observation; b𝑃 < 0.05 compared to colitis plus saline at the same
time of observation.

was increased by 318%. Also, after the next 7 days, almost 2-
fold increase in myeloperoxidase activity was still observed
in colonic mucosa in rats with colitis treated with saline.
Treatment with obestatin reduced the colitis-evoked increase
inmyeloperoxidase activity in the colonicmucosa.This effect
was statistically significant in both periods of observation, 7
and 14 days after induction of (Figure 5).

4. Discussion

In this study, we have investigated the influence of treatment
with obestatin on the course of acetic acid-induced colitis.We
have found that intraperitoneal administration of obestatin
given at the dose 8 nmol/kg significantly accelerates the
recovery of colonic wall integrity in rats with this model
of experimental colitis. Maintaining the integrity of the
digestive tract mucous membrane depends on preservation
of balance between proliferation and loss of epithelial cells.
A disruption of that balance, as a result of a decrease in
cell proliferation, apoptosis, and/or increased cell loss, leads
to mucosal atrophy and/or ulceration [31, 32], whereas an
increase in cell division may lead to mucosal hypertrophy.
On the other hand, stimulation of cell proliferation typically
leads to increase in the protection of the digestive tract
mucous membrane against damaging factors and accelerates
the healing of mucosal damage [33–35]. Synthesis of DNA
is an indispensable process for mitosis to take place [36].
Therefore, assessment of DNA synthesis dynamics through
measurement of incorporation of tritium-marked thymidine
into cellular DNA reflects vitality of cells and cellular division
dynamics.

In our present study, we have found that administration
of obestatin in animals without induction of colitis failed
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to significantly affect mucosal DNA synthesis in the colon.
This leads to the conclusion that, in animals with normal
colonic mucous membrane, treatment with obestatin given
at the dose of 8 nmol/kg does not stimulate DNA synthesis in
colonic mucosa and therefore this peptide seems to be safe
and does not bring a risk of hyperplasia and hypertrophy
of colonic mucosa. On the other hand, administration of
obestatin in rats with colitis led to a considerable improve-
ment of mucosal DNA synthesis in the colon. This observa-
tion indicates that therapeutic effect of obestatin in the course
of acetic acid-induced colitis is, at least in part, a result of
increase in cell vitality in colonic mucosa.

Another factor that plays a role in maintaining mucosal
integrity is suitable, adequate for the demand, organ blood
flow. The important role of vascular mechanisms in pro-
tection and healing of gastrointestinal mucosa has been
previously described [37–39]. Experimental studies have
demonstrated that exposure of the stomach to damaging
factors leads to small mucosal damage, as long as a sufficient
blood flow is maintained. A similar significance of suffi-
cient blood flow in maintaining mucosal integrity was also
demonstrated in other parts of the digestive tract, including
the oral cavity [13], esophagus [38], duodenum [11, 12] and
colon [39]. In our present study, we have observed that
intrarectal administration of acetic acid solution decreases
mucosal blood flow in the colon. Seven days after induction
of colitis mucosal blood flowwas decreased by around 50% in
comparison with a value observed in control group without
colitis. After the next 7 days, blood flow in colonic mucosa in
rats with colitis was still lower than in control group, but this
difference was statistically insignificant.

Administration of obestatin in the dose used did not
exhibit any influence on blood flow in the colonic mucous
membrane in animals without colitis. In contrast to that,
administration of obestatin in animals with colitis led to a
significant improvement in blood flow in the colonic mucous
membrane, and this effect was statistically significant at the
7th day after induction of colitis. After the next 7 days a value
of blood flow in rats with colitis treated with obestatin was
similar to that recorded in control animals without colitis.
Moreover, this obestatin-evoked improvement of mucosal
blood flow was connected with a decrease in the area
and severity of colonic mucosal damage. This observation
indicates that therapeutic effect of obestatin in acetic acid-
induced colitis involves an improvement of mucosal blood
flow in the large bowel.

The next interesting finding originated from our present
study is the influence of intraperitoneal administration of
obestatin on the concentration of interleukin-1𝛽 (IL-1𝛽)
and myeloperoxidase activity in colonic mucosa of animals
with colitis. Activation of inflammatory cells with subse-
quent release of proinflammatory cytokines is responsible
for intensity of local and systemic inflammatory response
[40]. Between proinflammatory cytokines, IL-1𝛽 plays a
fundamental role in the initiation of biochemical cascade
of inflammation [40–45]. Results obtained in our present
study have demonstrated that acetic acid-induced colitis led
to a tenfold and sixfold increase in IL-1𝛽 concentration in
colonic mucosa at the 7th an 14th day after induction of this

inflammation, respectively. Intraperitoneal administration of
obestatin partially but significantly reduced that increase. On
the other hand, administration of obestatin failed to affect IL-
1𝛽 concentration in the mucous membrane in rats without
colitis.

Myeloperoxidase (MPO) is an enzyme which is present
in azurophilic granules of neutrophil granulocytes. Antimi-
crobial function of neutrophils is related, among others, to
their possibility to generate reactive oxygen species (ROS)
during the respiratory burst [46].On the other hand, excess of
ROS leads to oxidative damage of own tissues on cellular and
subcellular level resulting in destruction of proteins, nucleic
acids, and lipids [46–49]. MPO is released by activated
neutrophils and reflects the degree of tissue infiltration by
those granulocytes [46, 50].Those data are in agreement with
our present observation. Seven days after rectal enema with
acetic acid, we have observed a threefold increase in MPO
activity in the colonic mucous membrane in rats treated with
saline. After the next 7 daysmucosal activity ofMPO in colon
of rats with colitis was still significantly increased above a
level observed in control rats without induction of colitis.
Intraperitoneal administration of obestatin in animals with
acetic acid-induced colitis caused a considerable decrease in
colonic MPO activity. In contrast to that, mucosal activity
of MPO in the colon of rats without colitis was low and
administration of obestatin was without effect on colonic
MPO activity in those rats.

Our findings mentioned above concerning the inhibitory
effect of treatment with obestatin on IL-1𝛽 concentration and
MPO activity in colonic mucosa in rats with acetic acid-
induced colitis indicate that the healing promoting effect
in this kind of colitis is, at least in part, related to anti-
inflammatory properties of obestatin. On the other hand,
obestatin failed to affect mucosal IL-1𝛽 concentration and
MPO activity in the colon of rats without induction of
colitis. This observation suggests that obestatin does not
disturb the immune system in normal circumstances, without
inflammation.

As stated in the introduction, ghrelin and obestatin are
peptides encoded by the same gene and derived from a
common prohormone [1–3]. Ghrelin exhibits protective and
therapeutic effect in various organs and experimental models
of organ damage [6–19]. Data on the effects of obestatin
are less numerous. Previous studies have demonstrated that
this peptide demonstrates protective effect in the large bowel
and its earlier application reduces damage in colitis induced
by dextran sodium sulfate (DSS) [15]. Our present studies
have shown that obestatin also exhibits a therapeutic effect in
the course of colitis and administration of this peptide after
the development of acetic acid-induced colitis accelerates the
healing of inflammation. Differences between ghrelin and
obestatin are based on their action mechanisms. Ghrelin acts
directly via activation of GHS-R receptor and indirectly via
a release of growth hormone and IGF-1 [2, 3, 51]. In the
case of obestatin, its receptor is still unknown. Initially it
was thought that obestatin acts by binding to the G protein-
coupled receptor 39 (GRP39) [1], but later studies do not seem
to confirm this hypothesis [52]. Also there is another effect
of these peptides on food intake. Ghrelin stimulates food
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intake, whereas, in the case of obestatin, its inhibitory effect
on appetite has been postulated [1–3].

There are numerous experimental models of inflamma-
tory bowel disease, because each of these models is not
perfect and does not fully meet the clinical condition. DSS-
induced colitis is reproducible and one of widely used animal
models of IBD. DSS mainly affects the large bowel, but some
studies have reported that DSS also affects the distal parts
of small intestine [27]. In mice or rats, administration of
DSS causes hematochezia, body weight loss, shortening of
intestine, mucosal ulcers, and infiltration of neutrophils [53].
DSS causes erosion with complete loss of surface epithelium
because of its deleterious effect on epithelial cells [27]. Acetic
acid-induced colitis is an animal model of colitis that shows
close resemblance to human IBD in terms of pathogenesis,
morphological features, and inflammatory factors involved
in this kind of inflammation [27]. Intrarectal enema with
acetic acid solution causes inflammation characterized by
neutral infiltration into intestinal tissue, massive necrosis of
mucosal and submucosal tissues, edema, vascular dilatation,
and submucosal ulceration.Those findings are similar to that
observed in human colitis [27].

In conclusion, we can say that treatment with obestatin
accelerates the healing of acetic acid-induced colitis and
this effect seems to be related to the obestatin-evoked anti-
inflammatory effect, an improvement of local mucosal blood
flow, and an increase in cell proliferation in colonic mucosa.
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