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The optimized applications of stem cells for skeletal recon-
struction have been gaining more and more attention in the
past decades. Generally, the exogenous multipotent cells are
obtained from numerous connective tissues including adi-
pose tissues, bones, and cartilages; expanded in an appropri-
ate cell culture system in vitro; and intravenously delivered
into the bodies or injected into skeletal tissues. These exoge-
nous stem cells are expected to arrive in the tissue niches,
differentiate into specialized skeletal cells, and protect the
skeletal tissues from harmful stimuli. However, the underly-
ing mechanisms of the regenerative effects of exogenous stem
cells and the potential influences of the in vitro expansion on
the stem cell biological characteristics remained largely
elusive, which have confined the clinical applications of stem
cells for skeletal regeneration. In accordance with the thera-
peutic effects of exogenous stem cells in skeletal reconstruc-
tion, endogenous stem cells are known now to be involved
in skeletal repair. Upon the in vitro and in vivo stimuli, these
tissue-specific stem cells proliferate, migrate to the special-
ized tissue niches, and differentiate to reconstruct the skeletal
structure and function. Also, the precise regenerative mecha-
nisms of endogenous stem cells are incompletely understood.
Therefore, more details of the regenerative effects of both
exogenous stem cells and endogenous stem cells, and their
underlying mechanisms would be helpful to guide us in
improving stem cell-based skeletal reconstruction.

In this special issue, we first present a thorough review by
W. Du et al. on the role of fibroblast growth factors in tooth
development and incisor renewal. They suggest that the
formation of dental tissues, as well as the development

and homeostasis of the stem cells in the continuously
growing mouse incisor, is mediated by multiple FGF family
members. They discuss the role of FGF signaling in these
mineralized tissues, trying to separate its different functions
and highlighting the crosstalk between FGFs and other
signaling pathways. In addition, the pivotal roles of the FGF
family member in skeletal regeneration are further validated
by an original article authored by L. Huang et al. They found
that FGF-18 had a positive impact on chondrogenic differen-
tiation and matrix deposition of human adipose-derived
mesenchymal stem cells (ADSC). More importantly, syner-
gistic effects of FGF-18 and TGF-β3 were observed on the
chondrogenesis of the ADSCs in vitro pellet model.

Besides FGFs, platelet-derived growth factor (PDGF), a
promoting factor for tissue repair, has been widely used in
bone reconstruction in recent years. However, the mecha-
nism by which PDGF regulates stem cell-based bone regener-
ation still remained largely unelucidated. M. Zhang et al.
demonstrated that PDGF-BB increased osteogenic differenti-
ation but inhibited adipogenic differentiation of mesenchy-
mal stem cells (MSCs). In addition, secreted PDGF-BB
significantly enhanced human umbilical vein endothelial
cell migration and angiogenesis. Most importantly, they
showed that PDGF-BB overexpression significantly improved
MSC-mediated angiogenesis and osteogenesis in vivo by using
a critical-sized rat calvarial defect model.

Stemness is one of the distinct features of stem cells from
differentiated cells, which control the size of seed cell pool and
the multipotency of seed cells for skeletal regeneration. In an
original study from S. Zhang et al. in the current special issue,
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the researchers found that dorsal root ganglion (DRG) cells
enhanced the proliferation and multipotent differentiation
of MSCs. In addition, DRG cells upregulated the clone-
forming ability as well as the mRNA level of Sox2, Nanog,
and Oct4 of MSCs. Mechanistically, they determined that
DRG cells maintain stemness of MSCs by enhancing autoph-
agy through the AMPK/mTOR pathway.

Increasing evidence has demonstrated that skeletal
regeneration is controlled by multiple factors and mecha-
nisms. In the past decade, studies have emphasized the role
of epigenetic modulation on stem cell fate. However, the
study results of the ubiquitin-dependent proteolysis system
in regulating bone remodeling remained controversial.
Therefore, Y. Guo et al. present a thorough review on the
roles of deubiquitinases in regulating differentiation and/or
function of osteoblast and osteoclasts so as to reveal the
multiple functions and mechanisms of deubiquitinases in
bone remodeling.

In recent years, anti-inflammatory effects are considered
one kind of promoting mechanisms in stem cell-based skel-
etal regeneration. The transplanted exogenous stem cells
have been suggested for suppressing immune complications
and promoting tissue repair. M. Wang et al. reviewed the
advancing research on the properties of MSC-based immu-
nomodulation and the rapidly developed clinical application
of MSCs. This valuable review of MSCs provides new insight
into stem cell-mediated potential treatments for tissue dam-
age and inflammation.

While numerous stem cell-based strategies have been
applied to repair skeletal defects, these techniques exhibit
certain limitations including stem cell shortage and/or
malfunction in vivo. To overcome the challenges, cell-free
strategies attempt to reconstruct the damaged tissue by
recruiting endogenous stem cells. W. Guo et al. compared
the advantages of cell-based techniques to the cell-free coun-
terparts and summarized potential source endogenous stem
cells for skeletal regeneration. In addition, numerous impor-
tant recruitment factors for meniscal regeneration were
discussed. This review suggests that recruiting endogenous
stem cells by cell-free techniques may play a critical role in
the future of skeletal regeneration.

Furthermore, except for the modulatory mechanisms on
the exogenous and endogenous stem cells, the microenviron-
mental factors that control the stem cell niches were also dis-
cussed in this special issue. A review from Q. Li et al.
suggested that marrow adipose tissue (MAT) is a unique fat
depot in the bone marrow and exhibits a close relationship
with hematopoiesis and bone homeostasis. In this review,
they highlight recent advancement made in MAT regarding
the origin and distribution of MAT, the local interaction with
bone homeostasis and hematopoietic niche, the systemic
endocrine regulation of metabolism, and MAT-based strate-
gies to enhance bone formation. They mentioned that the
bone marrow niche includes a subset of skeletal stem cells
capable of generating skeletal lineages and the adipocytes in
the bone marrow share precursors with osteoblasts other
than extramedullary adipocytes. Most importantly, they sug-
gested that it may be a new strategy to promote skeletal
regeneration by targeting MAT. Moreover, macrophages

recently have been found to be an important player involved
in the regulation on a stem cell niche. The strong plasticity of
macrophages enables their dual function that changes the
surrounding stem cell niche in vivo, which favors either tissue
inflammation or tissue repair, which changes. X. Jia et al.
investigated the potential role of macrophages during the
bone regeneration process in the femurs of rats implanted
with TCP. They found that TCP significantly suppresses the
activation of the NF-kappa B pathway and causes a decrease
in EZH1 expression. The reduction of EZH1 led to lower
expressions of M1 markers and shift macrophage polariza-
tion towards the M2 phenotype. Their novel findings provide
valuable insights into a new strategy that controls M2 macro-
phage polarization and ultimately favors a microenviron-
ment suitable for skeletal repair.

In summary, we suggest that these outstanding original
research articles and reviews may promote better under-
standing of exogenous and endogenous stem cell-mediated
skeletal regeneration and hope the readers of this special
issue will gain more insights into the advancements and chal-
lenges faced by this rapidly expanding field of medicine.
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Regenerative medicine for bone tissue mainly depends on efficient recruitment of endogenous or transplanted stem cells to guide
bone regeneration. Platelet-derived growth factor (PDGF) is a functional factor that has been widely used in tissue regeneration and
repair. However, the short half-life of PDGF limits its efficacy, and the mechanism by which PDGF regulates stem cell-based bone
regeneration still needs to be elucidated. In this study, we established genetically modified PDGF-B-overexpressing bone marrow
stromal cells (BMSCs) using a lentiviral vector and then explored the mechanism by which PDGF-BB regulates BMSC-based
vascularized bone regeneration. Our results demonstrated that PDGF-BB increased osteogenic differentiation but inhibited
adipogenic differentiation of BMSCs via the extracellular signal-related kinase 1/2 (ERK1/2) signaling pathway. In addition,
secreted PDGF-BB significantly enhanced human umbilical vein endothelial cell (HUVEC) migration and angiogenesis via the
phosphatidylinositol 3 kinase (PI3K)/AKT and ERK1/2 signaling pathways. We evaluated the effect of PDGF-B-modified
BMSCs on bone regeneration using a critical-sized rat calvarial defect model. Radiography, micro-CT, and histological analyses
revealed that PDGF-BB overexpression improved BMSC-mediated angiogenesis and osteogenesis during bone regeneration.
These results suggest that PDGF-BB facilitates BMSC-based bone regeneration by enhancing the osteogenic and angiogenic
abilities of BMSCs.

1. Introduction

Reconstruction of bony defects caused by infection, trauma,
or tumor resection is still a substantial clinical challenge.
Bone marrow stromal cells (BMSCs) possessing regenerative
potential have been considered an ideal cell source for bone
regeneration [1, 2]. In addition, the combination of BMSCs
with particular growth factors, such as bone morphogenetic
proteins (BMPs) and vascular endothelial growth factor

(VEGF), has been considered a promising strategy for bone
tissue regeneration [3].

Platelet-derived growth factor (PDGF), a two-chain poly-
peptide, was originally identified in platelets [4, 5], and there
are five polypeptide isoforms: PDGF-AA, PDGF-AB, PDGF-
BB, PDGF-CC, and PDGF-DD [5, 6]. Among these isoforms,
PDGF-BB is a unique ligand that can interact with all three
PDGF receptors, namely, PDGFR-αα, PDGFR-αβ, and
PDGFR-ββ [4]. PDGF-BB is a potent mitogen [7, 8] and
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chemoattractant for many cell types [9, 10] and has the
ability to promote angiogenesis [11]. Thus, PDGF-BB is con-
sidered a key regulatory factor in tissue repair and regenera-
tion [12]. Previous studies have demonstrated that PDGF-BB
can enhance stem cell-based bone regeneration [13, 14].
However, the mechanisms by which PDGF-BB contributes
to stem cell-based bone regeneration still need to be further
elucidated. In addition, the short half-life of PDGF within
the blood (only a few minutes) limits its efficacy [15]. There-
fore, sustained local delivery of PDGF-BB is likely important
to achieve ideal results. Forced expression of PDGF-BB by
lentiviral transduction may be a useful method to investigate
the effects of PDGF-BB on the regulation of stem cell-based
bone regeneration. In this system, lentiviral transduction
would enable stable and efficient expression of the transgene
in cells even after several passages, which can facilitate both
in vitro and in vivo investigations of the mechanism underly-
ingPDGF-BBregulationof stemcell-basedbone regeneration.

In this study, we established a PDGF-B-modified BMSC
line using a lentivirus gene delivery vector and then explored
the mechanism by which PDGF-BB regulates BMSC osteo-
genic and adipogenic differentiation. We further investigated
the mechanism of PDGF-BB-induced vascular endothelial
cell migration and angiogenesis. Finally, PDGF-B-modified
BMSCs were mixed with a porous calcium phosphate cement
(CPC) scaffold and transplanted into a rat critical-sized
calvarial defect. Bone regeneration was evaluated using
micro-CT and histological analysis.

2. Materials and Methods

2.1. Isolation and Culture of Rat BMSCs. BMSCs were iso-
lated from 4-week-old Fisher 344 rats as previously described
[16–18]. Briefly, bone marrow in bilateral rat tibias and
femurs was flushed out using Dulbecco’s modified Eagle’s
medium (DMEM, Gibco BRL, Grand Island, NY) containing
10% fetal bovine serum (FBS, Gibco, USA) and antibiotics
(penicillin 100U/mL, streptomycin 100U/mL), and then,
the cells were cultured in DMEM at 37°C in a humidified
5% CO2 incubator. After two days, the nonadherent cells
were discarded. Cells at passages 2 and 3 were used for
this study.

2.2. Lentiviral Vector Construction and Transduction. Lenti-
viral vectors containing the human PDGF-B gene and
enhanced green fluorescent protein (eGFP, Lenti-PDGF) or
LacZ and eGFP (Lenti-LacZ) were constructed by Cyagen
Biosciences, Inc. (Guangzhou, China). Briefly, the target
plasmids pLV.EX3d.P/puro-EF1A>PDGFB> IRES/eGFP
and pLV.EX3d.P/puro-EF1A>Lacz> IRES/eGFP were con-
structed using Gateway technology (pLV.EX3d.P/puro-
EF1A>Lacz> IRES/eGFP was used as the control), and
then, 293FT cells were transfected with the target plas-
mid together with the helper plasmid (pLV/helper-SL3,
pLV/helper-SL4, and pLV/helper-SL5) using Lipofectamine
2000 (Invitrogen) according to the manufacturer’s instruc-
tions [19]. The supernatant containing the lentivirus particles
was harvested and ultracentrifuged. For transduction,
BMSCs were cultured for 24 h to reach 70–80% confluence

and then transduced with Lenti-PDGF or Lenti-LacZ at a
multiplicity of infection of 20. The transduction efficiency
was analyzed by flow cytometry to calculate the percentage
of eGFP-expressing cells at day 3.

The expression of PDGF-BB in BMSCs was evaluated
using real-time reverse transcription polymerase chain reac-
tion (real-time RT-PCR) and Western blotting. The amount
of PDGF-BB secreted by PDGF-B-modified BMSCs in the
culture medium from each group was detected using a
PDGF-BB ELISA kit (Abcam) according to the manufac-
turer’s instructions [19]. All experiments were performed
in triplicate.

2.3. Osteogenic Induction of BMSCs. For osteogenic differ-
entiation, cells were seeded in 12-well plates and cultured
in osteogenic medium (DMEM, 10% FBS, 1% penicillin/
streptomycin, 50μg/mL L-ascorbic acid, 10mM glycero-
phosphate, and 100 nM dexamethasone) with or without
PD98059 (10μM), an extracellular signal-related kinase
(ERK) inhibitor (Cell Signaling Technology, Inc.). The osteo-
genic medium was changed every two days. The expression
of osteogenesis-related genes was determined after 3 or 7
days of culture using real-time PCR and Western blotting.
Osteogenic differentiation was also evaluated via alkaline
phosphatase (ALP) and Alizarin Red S (ARS) staining for
calcium deposition. For ALP analysis, cells in each group
were fixed with 4% paraformaldehyde on day 7 and then
stained with an ALP kit (Beyotime, China). Semiquantitative
analysis of ALP activity was performed by testing optical
density (OD) values at 405nm using p-nitrophenyl phos-
phate (pNPP, Sigma) as the substrate [20]. For ARS analysis,
cells from each group were fixed with 95% alcohol for 10min
and then stained with 0.1% ARS solution (Sigma) for 30min
on day 21. For a further quantitative assay, the ARS staining
was desorbed with 10% cetylpyridinium chloride (Sigma),
and the OD values were determined at 590nm. The total pro-
tein content in each group was measured using a Bio-Rad
protein assay kit (Bio-Rad, USA), and ALP and ARS levels
were calculated as optical density per microgram of protein.
All experiments were performed in triplicate.

2.4. Adipogenic Induction of BMSCs. For adipogenic differen-
tiation, cells in each group were seeded on 12-well plates,
cultured in DMEM until they reached 100% confluence, and
then cultured in adipogenic medium containing 0.5mM iso-
butylmethylxanthine (Sigma), 0.5mM hydrocortisone, and
60mM indomethacin (Sigma) with or without PD98059
(10μM). Intracellular lipid accumulation was stained with
Oil Red O as previously described [21]. Briefly, the cells were
fixed with 4% paraformaldehyde for 15min and stained with
diluted Oil Red O solution for 10min. All samples were
viewed with an inverted phase contrast microscope (Leica,
Germany), and the stained fields were evaluated using Image
pro 5.0 (Media Cybernetics, USA). The expression of
peroxisome proliferator-activated receptor γ2 (PPARγ2)
was analyzed via real-time RT-PCR and Western blotting.
All experiments were performed in triplicate.

2 Stem Cells International



2.5. Real-Time RT-PCR Analysis. Total RNA was extracted
from cells using Trizol Reagent (Invitrogen). The total RNA
concentration was measured with a Thermo Scientific
NanoDrop™ 1000 ultraviolet-visible spectrophotometer
(NanoDrop Technologies, Wilmington, DE) as previously
described [22]. cDNA was synthesized according to the man-
ufacturer’s instructions using a Prime-Script™ RT reagent kit
(Takara Bio, Shiga, Japan). Osteogenesis-related marker
genes, including type I collagen (Col-I), osteopontin (OPN),
and osteocalcin (OCN), and the adipogenic marker gene
PPARγ2 were examined. Glyceraldehyde-3-phosphate dehy-
drogenase (GAPDH) was used as the housekeeping gene for
normalization of RNA expression levels. All experiments
were performed in triplicate. The PCR primer sequences
are displayed in Table 1.

2.6. Western Blot Analysis. Protein lysates were harvested
using a protein extraction reagent (Kangchen, China), and
then, the protein concentration was determined using a
BCA Protein Assay. Equal amounts of protein were separated
on 10% or 15% SDS-polyacrylamide gel electrophoresis
(PAGE) gels and transferred to polyvinylidene difluoride
(PVDF, Pall, USA) membranes, and then, the membranes
were blocked with 5% nonfat milk for 1 h. After that, the
membranes were incubated with primary antibodies against
p-AKT, AKT, ERK, p-ERK (dilution rate: 1 : 1000; all anti-
bodies related to PI3K/AKT signaling or Erk1/2 signaling
were bought from Cell Signaling Technology, Inc.), PDGF-
BB (1 : 1000; Abcam, ab23914), Col-I (1 : 1000; Abcam,
ab34710), OPN (1 : 1000; Abcam, ab8448), OCN (1 : 500;
Abcam, ab93876), PPARγ2 (1 : 500; Abcam, ab209350), and
β-actin (1 : 3000; Sigma). Then, the membranes were incu-
bated with HRP-conjugated secondary antibodies (Sigma).
Finally, the immunoblots were visualized using ECL Plus
reagents (Amersham Pharmacia Biotech, USA) [23].

2.7. Human Umbilical Vein Endothelial Cell (HUVEC)
Migration and Angiogenesis Assay.HUVECs were purchased
from AllCells, Ltd. (Shanghai, China). HUVECs were cul-
tured in endothelial basal medium (EBM, AllCells) devoid
of growth factors [19]. To investigate the stimulation effects

of PDGF-BB secreted by PDGF-B-modified BMSCs on
HUVEC migration and angiogenesis, PDGF-B-modified
BMSCs were cultured in six-well plates in DMEM (106 cells
per 2mL per well) for 24h, and then, supernatants were
collected for the following studies.

A transwell chemotactic migration model was used to
examine the migration activity of HUVECs cultured in the
supernatant from each group. HUVECs were seeded into
the upper chambers of 24-well plates (104 cells per well) con-
taining membranes with 8μm pores (Corning Inc., Corning,
NY). In the lower chambers, different media were added as
follows: (a) supernatant from the Lenti-LacZ group, (b)
supernatant from the Lenti-PDGF group supplemented with
PD98059 (10μM), (c) supernatant from the Lenti-PDGF
group supplemented with LY294002 (10μM), or (d) super-
natant from the Lenti-PDGF group. After incubation for
12 h at 37°C, the migrated cells were fixed with 4% parafor-
maldehyde and stained with hematoxylin for 15min at room
temperature, and then, the cells that had migrated toward
the lower side of the filter were observed using a fluores-
cence stereomicroscope (Leica, Germany). The number of
migrated cells in each group was counted in 6 random
fields per chamber.

To investigate whether phosphatidylinositol 3 kinase
(PI3K)/AKT pathway and ERK1/2 signaling pathways were
involved in PDGF-BB-mediated HUVEC migration and
angiogenesis in vitro, HUVECs were preincubated with
PD98059 (10μM) or LY294002 (10μM, PI3K/AKT inhibi-
tor, Cell Signaling Technology) for 30min, and then, the cells
were incubated with the supernatants for 15min. Protein
lysates were harvested for Western blot analysis.

For the in vitro angiogenesis assay, HUVECs (3× 104
cells/well) were seeded into 96-well culture plates, which
were coated with Matrigel (BD Biosciences), and cultured
with the following media: (a) supernatant from the Lenti-
LacZ group, (b) supernatant from the Lenti-PDGF group
supplemented with PD98059 (10μM), (c) supernatant from
the Lenti-PDGF group supplemented with LY294002
(10μM), or (d) supernatant from the Lenti-PDGF group.
After being cultured for 12 h, the cells were observed using
an inverted light microscope (Leica, Germany). Five random

Table 1: Nucleotide sequences for real-time RT-PCR primers.

Gene Primer sequence (5′-3′) (forward/reverse) Product size (bp) Accession number

PPAR-γ2 TGCAGGTGATCAAGAAGACG
177 NM_013124

TGGAAGAAGGGAAATGTTGG

PDGF-BB
CTGCGACCTGTCCAGGTGAG

199 NM_033016.2
GCACCGTCCGAATGGTCACC

OPN
CCAAGCGTGGAAACACACAGCC

165 NM_012881
GGCTTTGGAACTCGCCTGACTG

OCN
GCCCTGACTGCATTCTGCCTCT

103 NM_013414
TCACCACCTTACTGCCCTCCTG

COL-I
CTGCCCAGAAGAATATGTATCACC

198 NM_053304
GAAGCAAAGTTTCCTCCAAGACC

GAPDH
GGCAAGTTCAACGGCACAGT

76 NM_017008.3
GCCAGTAGACTCCACGACAT
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microscopic fields were photographed in each group, and
then, the mesh numbers in each field were quantified using
the angiogenesis analyzer of ImageJ.

2.8. Preparation of the BMSC/CPC Complex. Porous calcium
phosphate cement (CPC) scaffolds (Rebone, China) were
sterilized before use. BMSCs from each group were collected
and resuspended in FBS-free medium, and then, a cell
suspension (2× 107 cells/mL) from each group was added
to CPC scaffolds until saturated. A portion of these implants
was used for in vivo animal studies, and the remainder was
cultured for 1 or 3 days for scanning electron microscopy
examination to observe BMSC spreading, adhesion, and
proliferation on the CPC scaffold. After being cultured for 1
or 3 days in vitro, the samples were fixed in 2% glutaralde-
hyde, dehydrated in a series of graded ethanol solutions,
sputter-coated with gold, and observed via scanning electron
microscopy (SEM, Hitachi, Tokyo, Japan).

2.9. Animal Experiments. All procedures were approved by
the Animal Research Committee of the Ninth People’s
Hospital, Shanghai Jiao Tong University School of Medicine.
All surgical procedures were performed as described previ-
ously [22, 24]. Ten-week-old male F344 rats were used in this
study. Briefly, the animals were anaesthetized by intraperito-
neal injection of pentobarbital, and then, a 1.5 cm sagittal
incision was made on the scalp to expose the calvarium.
Two 5mm diameter critical-sized defects were created using
a trephine bur. A total of 24 rats were randomly divided into
four groups to receive one of the following implants: (1) CPC
(n = 6), (2) CPC with BMSCs (n = 6), (3) CPC with BMSCs/
Lenti-LacZ (n = 6), or (4) CPC with BMSCs/Lenti-PDGF
(n = 6).

2.10. Microfil Perfusion. Microfil (Flowtech, Carver, MA,
USA) perfusion was used to identify blood vessel formation
as previously described [25]. Briefly, the hair on the chest
was shaved, and then, a long incision was made in the chest
and abdomen (from the front limbs to the xiphoid process).
The sternum was cut using scissors, and the rib cage was
retracted laterally. The left ventricle was penetrated with an
angiocatheter after the descending aorta was clamped. After
the inferior vena cava was incised, 20mL of heparinized
saline was perfused, and then, 20mL of Microfil was perfused
at 2mL/min, followed by perfusion with saline.

2.11. Radiography and Micro-CT Analysis. At 8 weeks post-
surgery, all the rats in each group were sacrificed with an
intraperitoneal overdose injection of pentobarbital. The cal-
varial bones were fixed in 10% formalin solution, and X-ray
images of the skulls were obtained with a dental X-ray
machine (Trophy, France). The morphology of the recon-
structed skulls was evaluated using a micro-CT system
(mCT-80, Scanco Medical, Switzerland) as previously
described [26]. Briefly, the calvarial bone was scanned in
high-resolution scanning mode (pixel matrix, 1024× 1024;
voxel size, 20μm; slice thickness, 20μm) to measure the
bone volume. After scanning, three-dimensional images
were reconstructed with GEHC Micro View software. Both
the parameters bone mineral density (BMD) and the

percentage of new bone volume relative to tissue volume
were measured using auxiliary software (Scanco Medical
AG, Switzerland).

2.12. Histological Analyses. After radiography and micro-CT
analysis, the calvarial bones were dehydrated in ascend-
ing alcohol concentrations from 70% to 100%, and then,
the samples were embedded in polymethylmethacrylate
(PMMA). Sagittal sections of the central segment were cut
using a microtome (Leica, Germany) and polished to a final
thickness of approximately 40μm. The sections were stained
with Van Gieson’s picro fuchsin to evaluate new bone forma-
tion. Red indicated new bone formation; residual CPC mate-
rials appeared black, and blue spots from the Microfil
perfusion indicated blood perfusion. For hematoxylin and
eosin (HE) staining, the calvarial bones were decalcified in
15% EDTA for 3 weeks and embedded with paraffin. A series
of 5mm sections were cut in the same manner as the hard
tissue slices, and then, the sections were stained with HE
for histological analysis. The area of newly formed bone
(red area in both Van Gieson’s picro fuchsin-stained sections
and HE-stained sections) and blood vessels (blue spots
indicated blood vessels filledwithMicrofil in theVanGieson’s
picro fuchsin-stained sections; blood vessels were permeated
with intraluminal red blood cells in the HE-stained sections)
was quantitatively evaluated in four randomly selected
sections from each group using Image pro 5.0 (Media
Cybernetics, USA).

2.13. Statistical Analysis. The experimental data are pre-
sented as the mean± standard derivation (SD). Differences
between groups were analyzed via ANOVA with Tukey’s
post hoc test. Values of P < 0 05 were considered statistically
significant.

3. Results

3.1. Gene Transduction and PDGF-BB Expression. Three days
after gene transduction, inverted fluorescence microscopy
observations and flow cytometry results showed that the
transfection efficiency of the target gene PDGF-B was greater
than 80% (Figure 1(a), Figure 1(b)). Both real-time RT-PCR
and Western blotting results indicated that the expression
of PDGF-BB in BMSCs was significantly upregulated after
gene transduction in the Lenti-PDGF group (Figure 1(c),
Figure 1(d)). ELISA results demonstrated that PDGF-B-
modified BMSCs could stably and continuously secrete
PDGF-BB at the protein level (Figure 1(e)).

3.2. Cell Differentiation Analysis. Osteogenic differentiation
analysis showed that the expression of Col-I and OPN at both
the mRNA and protein levels was increased in the Lenti-
PDGF group compared with that in the Lenti-LacZ group
at days 3 and 7 (Figure 2(a), Figure 2(b)). OCN was also
remarkably increased at both the mRNA and protein levels
at day 7 (Figure 2(a), Figure 2(b)). By contrast, there was
no significant distinction between the Lenti-LacZ group
and Lenti-PDGF group on day 3 (Figure 2(a), Figure 2(b)).
ALP staining was more intense in the Lenti-PDGF group
than in the Lenti-LacZ group, and the semiquantitative
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Figure 1: Continued.
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analysis showed a consistent result (Figure 2(c)). ARS
staining revealed a significant increase in calcium deposition
in the Lenti-PDGF group, and the quantitative analysis was
consistent with the ARS staining results (Figure 2(d)).

Adipogenic differentiation analysis showed that lipid
droplet accumulation was decreased significantly in the
Lenti-PDGF group compared with that in the Lenti-LacZ
group (Figure 3(a)). Oil Red O staining areas were remark-
ably decreased in the Lenti-PDGF group (Figure 3(b)).
PPARγ2 mRNA and protein expression was significantly
decreased in the Lenti-PDGF group compared with that in
the Lenti-LacZ group (Figure 3(c), Figure 3(d)).

The ERK1/2 signaling pathway has been reported to be
involved in mediating osteogenic and adipogenic differentia-
tion of BMSCs [27, 28]. It is also known that PDGF-BB
regulates the proliferation of several types of cells through
the ERK1/2 signaling pathway [29, 30]. Therefore, we inves-
tigated whether this signaling pathway was activated in
BMSCs by forcing PDGF-BB expression. Our results showed
that the expression of phosphorylated ERK was significantly
increased in PDGF-B-modified BMSCs (Figure 2(b)). The
activation of the ERK1/2 signaling pathway was inhibited
by administration of the inhibitor PD98059 (Figure 2(b)).
The increased osteogenic differentiation and decreased
adipogenic differentiation of BMSCs induced by PDGF-BB
were also inhibited by administration of the inhibitor
PD98059, which is an inhibitor of the ERK-MAPK signal-
ing pathway (Figures 2 and 3). These results indicated that
PDGF-BB enhances osteogenic differentiation and inhibits
adipogenic differentiation of BMSCs via the ERK1/2
signaling pathway.

3.3. Effect of PDGF-BB on HUVEC Chemotactic Activity and
Angiogenesis In Vitro. PDGF is a chemoattractant and has
the ability to promote angiogenesis. Thus, PDGF has been
widely used for tissue regeneration and repair. As shown in
Figure 4(a), PDGF-BB secreted by PDGF-modified BMSCs
strongly stimulated the migration of HUVECs. An approxi-
mately 2.5-fold stimulatory effect was observed in the super-
natant from the Lenti-PDGF group compared with that
from the Lenti-LacZ group (Figure 4(b)). The PI3K/AKT
and ERK1/2 signaling pathways are involved in PDGF-
induced migration in various cell types [31–35]. To further
confirm whether PDGF-BB secreted by PDGF-B-modified
BMSCs activates the intracellular pathway of HUVECs,
the cells were pretreated with supernatant from the
Lenti-PDGF group. The results showed that the expression
of phosphorylated AKT and phosphorylated ERK was
significantly increased, and their activation was inhibited
by the corresponding inhibitor LY294002 or PD98059
(Figure 4(c)). In addition, the inhibitors significantly
reduced the chemotactic effect of PDGF-BB secreted by
PDGF-B-modified BMSCs on HUVECs (Figure 4(a),
Figure 4(b)). In vitro angiogenesis analysis revealed that a sig-
nificantly increased number of mesh formed by HUVEC
structures were present in the Lenti-PDGF group compared
with that in the Lenti-LacZ group after 12 h of culture
(Figure 4(d), Figure 4(e)). The stimulatory effects were inhib-
ited by the addition of the inhibitor LY294002 or inhibitor
PD98059 (Figures 4(d) and 4(e)).

3.4. Cell Attachment and Viability on a CPC Scaffold. Cell
attachment and growth of BMSCs seeded on porous CPC

Day 3

Day 7

Day 14

PDGF-BB �훽-Actin

BM
SC

s

Le
nt

i-L
ac

Z

Le
nt

i-P
D

G
F

BM
SC

s

Le
nt

i-L
ac

Z

Le
nt

i-P
D

G
F

(d)

⁎⁎

⁎⁎

⁎⁎

Day 3
0

1000

2000

3000

4000

Day 7

BMSCs
Lenti-LacZ
Lenti-PDGF

Day 14

PD
G

F-
BB

 (p
g/

m
l/2

4h
/1

06 )
(e)

Figure 1: Detection of PDGF-BB expression. (a) At day 3 after gene transduction, both Lenti-LacZ-transfected and Lenti-PDGF-transfected
BMSCs grew well and exhibited intense green fluorescence. (b) Flow cytometry assay showed 82.41% transfection efficiency. (c) PDGF-B
mRNA expression in the BMSC, Lenti-LacZ, and Lenti-PDGF groups on days 3, 7, and 14. (d) PDGF-BB protein expression in the
BMSC, Lenti-LacZ, and Lenti-PDGF groups on days 3, 7, and 14. (e) ELISA detection of PDGF-BB secretion in vitro. Scale bar: 100 μm;
∗∗P < 0 01.
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Figure 2: PDGF-BB enhanced BMSC osteogenic differentiation via ERK1/2 signaling pathways. (a) mRNA expression levels of Col-I, OPN,
and OCN on days 3 and 7. (b) Protein expression levels of p-ERK, ERK, Col-I, OPN, and OCN on days 3 and 7. (c) ALP staining and
semiquantitative analysis of ALP activity. (d) ARS staining and semiquantitative analysis of ARS staining. ALP: alkaline phosphatase; ARS:
alizarin red S. Scale bar: 100 μm; ∗P < 0 05; ∗∗P < 0 01.
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Figure 3: PDGF-BB inhibited BMSC adipogenic differentiation via ERK1/2 signaling pathways. (a) Oil Red O staining. (b) Oil Red O
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scaffolds were examined via SEM. As shown in Figure 5(a),
CPC scaffolds showed an average pore diameter of
300–500μm. After being cultured for 1 day in vitro, BMSCs
attached and spread well on the surface of the CPC scaffolds.
When cultured for 3 days in vitro, the cells grew well and
formed cellular connections (Figure 5(b)). These results
demonstrate that porous CPC scaffolds possess good bio-
compatibility, making them suitable for the following
in vivo study. Figure 5(c) shows the surgical procedure
employed for the in vivo transplantation.

3.5. Radiography and Micro-CT Measurement. X-ray images
were taken at 8 weeks after explantation of the skull, and rep-
resentative photographs of each group are shown in
Figure 6(a). In the Lenti-PDGF group, the implants were
closely integrated with the surrounding bone tissue and more
radiopaque. In contrast, more radiotransparent areas were
observed in the CPC group, BMSC group, and Lent-LacZ
group. The morphology of newly formed bone was also
reconstructed using micro-CT, and the three-dimensional
(3D) reconstruction images of the skulls showed results con-
sistent with the X-ray images (Figure 6(b)). From the trans-
verse view, there was more newly formed bone tissue in the
Lenti-PDGF group than in the CPC group, BMSC group,
and Lenti-LacZ group (Figure 6(b)). Quantitative analysis
showed that the BMD in the BMSC group (0.81± 0.04) and
Lenti-LacZ group (0.80± 0.08) was higher than that in the
CPC group (0.06± 0.57). The Lenti-PDGF group showed
the highest BMD value (1.04± 0.13) among all the groups
(Figure 6(c)). The BV/TV percentage in all groups (CPC,
7.00± 1.32; BMSCs, 16.00± 3.00; Lenti-LacZ, 15.67± 3.79;
and Lenti-PDGF, 26.33± 3.51) was consistent with the
BMD levels (Figure 6(d)).

3.6. Histological Analysis of Bone Regeneration. The undecal-
cified calvarial bone specimens from each group were stained
with Van Gieson’s picro fuchsin, and the decalcified speci-
mens were stained for histological analysis. The results
showed that newly formed bone tissue was present in all
groups. However, the amount of newly formed bone tissue
varied among the groups. More new bone tissue formation
was observed in the Lenti-PDGF group than in the CPC,
BMSC, and Lenti-LacZ groups, which was consistent with
the radiography and micro-CT results (Figure 7(a)). Histo-
morphometric analysis showed that the percentage of new
bone area was 6.33± 1.52% in the CPC group, 12.33± 2.51%
in the BMSC group, 12.50± 2.78% in the Lenti-LacZ group,
and 22.66± 2.08% in the Lenti-PDGF group (Figure 7(b)).
These results indicate that PDGF-B-modified BMSCs signifi-
cantly enhanced bone regeneration capacity in the calvarial
bone defect model. To assess vascularization, Microfil perfu-
sion was performed. As shown in Figure 7(a), each blue spot
(green arrow) represents a blood vessel. HE staining also
showed that the newly formed bone tissue was infiltrated with
blood vessels (green arrow) with intraluminal red blood cells
(Figure 7(a)). The area of newly formed blood vessels stained
by Microfil perfusion was 0.66± 0.15% in the CPC group,
1.46± 0.25% in the BMSC group, 1.48± 0.36% in the
Lenti-LacZ group, and 2.70± 0.26% in the Lenti-PDGF
group (Figure 7(c)).

4. Discussion

In this study, we established a PDGF-B-modified BMSC line
using a lentivirus vector to investigate the mechanism under-
lying PDGF-BB regulation of stem cell-based bone regenera-
tion. Several studies have demonstrated that the ERK1/2
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Figure 4: PDGF-BB secreted by Lenti-PDGF-B-modified BMSCs enhanced HUVEC migration and angiogenesis via the PI3K/AKT and
ERK1/2 signaling pathways. (a) HUVECs on chemotaxis membranes stained with hematoxylin. (b) Cell numbers in each field. (c) PDGF-BB
secreted by PDGF-B-modified-BMSCs induced ERK and AKT activation in HUVECs. (d) Optical images of HUVECs cultured on
Matrigel with different supernatants after 12 h (upper panel); in the lower panel, ImageJ was used to measure the mesh number formed
by HUVECs (green circle indicated mesh structure formed by HUVECs). (e) The mesh numbers in each group. ∗∗P < 0 01; scale bar:
100μm. HUVECs: human umbilical vein endothelial cells.
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signaling pathway is involved in regulating osteogenic and
adipogenic differentiation of MSCs [36]. Cell differentiation
requires sustained activation of ERK, and transient activation
of ERK leads to proliferation [37]. It is also known that
PDGF-BB regulates the proliferation of several types of cells
through the ERK1/2 signaling pathway [29, 30]. Thus, we
speculated that continuous PDGF-BB expression may influ-
ence BMSC differentiation via the ERK signaling pathway.
As we expected, forced expression of PDGF-BB in BMSCs
activated the ERK signaling pathway, evidenced by the

significantly increased expression of phosphorylated ERK
in PDGF-B-modified BMSCs. Osteogenic-related markers,
such as Col-I, OPN, and OCN, were upregulated by PDGF-
BB. ALP activity and calcium deposition were also signifi-
cantly increased by PDGF-BB overexpression. However, the
enhanced osteogenic differentiation of PDGF-B-modified
BMSCs was inhibited by the addition of PD98059, an inhib-
itor of the ERK-MAPK signaling pathway. It is well known
that increased adipogenesis in the bone marrow decreases
osteogenesis, which results in osteoporosis. The balance
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Figure 5: SEM analysis and surgical procedure. (a) SEM evaluation of porous CPC scaffold showing an average pore diameter of 300–500μm.
(b) BMSCs attached and spread well on CPC scaffolds. (c) Surgical procedure. CPC: calcium phosphate cement.
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between osteogenic and adipogenic MSC differentiation is
important for maintaining bone homeostasis [38]. Previous
studies have demonstrated that PDGFRα signaling opposes
adipogenesis of several types of cell [39, 40]. In this study,

adipogenic differentiation of PDGF-B-modified BMSCs was
also evaluated. Oil Red O staining area and lipid droplet
accumulation were significantly decreased in PDGF-B-
modified BMSCs. The expression of PPARγ2, a nuclear
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Figure 6: Radiography and micro-CT analysis. (a) Radiographic evaluation of the repaired skulls at 8 weeks. (b) 3D reconstruction images
showing the reparative effect of the CPC, CPC with BMSCs, CPC with Lenti-LacZ-modified BMSCs, and CPC with PDGF-B-modified
BMSCs. (c, d) Bone mineral density (BMD) and bone volume/total volume (BV/TV) analysis in each group. Scale bar: 2mm; ∗P < 0 05.
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receptor that can activate the expression of adipocyte
phenotype-specific genes [41, 42], in PDGF-B-modified
BMSCs was significantly decreased both at mRNA and
protein levels. However, the inhibitory effect of PDGF-BB
on BMSC adipogenic differentiation was inhibited by the
addition of PD98059. Taken together, our results indicate
that PDGF-BB can increase osteogenic differentiation while
inhibiting adipogenic differentiation of BMSCs via ERK1/2
signaling pathways.

One of the key mechanisms by which stem cells promote
tissue regeneration is secretion of soluble growth factors
[43–46]. Previous studies have shown that PDGF-BB
secreted by preosteoclasts induces vessel formation during
bone modeling and remodeling [47]. After the lentiviral gene

transduction, ELISA results showed that BMSCs stably and
continuously secreted PDGF-BB. We further confirmed via
HUVEC migration and angiogenesis assays that the secreted
PDGF-BB protein possessed chemotactic activity and angio-
genic activity. These results demonstrated that PDGF-BB
secreted by PDGF-B-modified BMSCs stimulates the migra-
tion and angiogenic potential of HUVECs via the PI3K/AKT
and ERK1/2 signaling pathways, which may further facilitate
BMSC-based bone regeneration.

The effects of PDGF-BB on the regulation of BMSC-based
bone regeneration in vivo were evaluated using a rat critical-
sized calvarial defectmodel. Radiography andmicro-CTmea-
surements revealed that the implants were closely integrated
with the surrounding bone tissue and more radiopaque in

CPC

BMSCs

HE Staining

50�휇m

Lenti-LacZ

Lenti-PDGF

Van Gieson Staining

1mm 100�휇m 1mm 100�휇m

(a)

⁎

⁎

0

20

10

30

Bo
ne

 ar
ea

 (%
)

Le
nt

i-l
ac

Z

Le
nt

i-P
D

G
F

BM
SC

s

CP
C

(b)

⁎

⁎

0

3

2

1

4
Ve

ss
el

 ar
ea

 %

Le
nt

i-l
ac

Z

Le
nt

i-P
D

G
F

BM
SC

s

CP
C

(c)

Figure 7: Histological analysis of newly formed bone and blood vessel in implants. (a) Histological images of each group. Left panel: Van
Gieson staining, the new bone appears red, CPC appears black, and blue spots indicate blood vessels (green arrow); right panel: HE
staining. The newly formed bone tissue was infiltrated with blood vessels (green arrow) with intraluminal red blood cells. (b)
Histomorphometric analysis of the newly formed bone area. (c) Histomorphometric analysis of newly formed vessel area. ∗P < 0 05.
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the PDGF-BB overexpression group. According to the trans-
verse view of the micro-CT, more newly formed bone tissue
was present in the Lenti-PDGF group than in the other
groups. Quantitative analysis showed that the BMD and
BV/TV values were higher in the Lenti-PDGF group than
those in the other groups. Histomorphometric analysis
showed results consistent with the above findings, and
the percentage of new bone area was significantly higher in
the PDGF-BB-overexpressing group. Bone formation is
driven by the presence of vasculature, and the formation of
new vasculature, which transports oxygen, nutrients, and
soluble factors, is necessary for new bone regeneration
[25]. The area of newly formed blood vessels stained
by Microfil perfusion was remarkably increased in the
PDGF-BB-overexpressing group compared with that in the
other groups. HE staining also showed that the newly formed
bone tissue was infiltrated with blood vessels with intralum-
inal red blood cells. As described above, PDGF-BB is well
known for its ability to promote angiogenesis, and it also
plays an important role in maintaining the stabilization of
newly formed blood vessels [11, 48, 49]. Thus, PDGF-BB
secreted by PDGF-B-modified BMSCs would likely promote
angiogenesis to facilitate bone regeneration.

5. Conclusions

In summary, our results demonstrated that overexpression of
PDGF-BB in BMSCs increases osteogenic differentiation
while inhibiting adipogenic differentiation via the ERK1/2
signaling pathway. PDGF-BB secreted by the PDGF-B-
modified BMSCs significantly enhanced the migration and
angiogenesis of vascular endothelial cells via the PI3K/AKT
and ERK1/2 signaling pathways. The enhanced angiogenesis
and osteogenesis capacity of BMSCs induced by PDGF-BB
overexpression could promote in vivo vascularized bone
regeneration. These findings indicate that PDGF-BB would
be a powerful therapeutic regulator of angiogenesis and
osteogenesis during bone formation and repair.
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Our previous studies found that sensory nerve tracts implanted in tissue-engineered bone (TEB) could result in better osteogenesis.
To explore the mechanism of the sensory nerve promoting osteogenesis in TEB in vitro, a transwell coculture experiment was
designed between dorsal root ganglion (DRG) cells and bone marrow mesenchymal stem cells (BMSCs). BMSC proliferation
was determined by CCK8 assay, and osteo-, chondro-, and adipogenic differentiation were assessed by alizarin red, alcian
blue, and oil red staining. We found that the proliferation and multipotent differentiation of BMSCs were all enhanced in
the coculture group compared to the BMSCs group. Crystal violet staining showed that the clone-forming ability of BMSCs
in the coculture group was also enhanced and mRNA levels of Sox2, Nanog, and Oct4 were significantly upregulated in the
coculture group. Moreover, the autophagy level of BMSCs, regulating their stemness, was promoted in the coculture group,
mediated by the AMPK/mTOR pathway. In addition, AMPK inhibitor compound C could significantly downregulate the
protein expression of LC3 and the mRNA level of stemness genes in the coculture group. Finally, we found that the NK1
receptor antagonist, aprepitant, could partly block this effect, which indicated that substance P played an important role in
the effect. Together, we conclude that DRG could maintain the stemness of BMSCs by enhancing autophagy through the
AMPK/mTOR pathway in a transwell coculture system, which may help explain the better osteogenesis after implantation of
the sensory nerve into TEB.

1. Introduction

Bone tissue engineering has provided a promising resolution
for the treatment of large bone defect, although there are still
many problems to be solved [1–3], such as low survival rate
and poor osteogenic differentiation of BMSCs. Previously,
we found that the sensory nerve tract preimplanted in the
tissue-engineered bone (TEB) could significantly improve
osteogenesis of the TEB [4, 5], but the underlying mechanism
was still largely unknown.

The sensory nerve has been reported to play critical roles
in bone metabolism and regeneration in vivo [6–9]. Some
studies found that sensory nerve innervation contributed
to the maintenance of trabecular bone mass and its mechan-
ical properties by inhibiting bone resorption [8]. Besides,
sensory nerves had efferent functions in the tissues they
innervated, mediated by transmitters released from the
peripheral nerve terminals, which helped to maintain trabec-
ular bone integrity [10]. Recently, sensory neuron-derived
Sema3A was found to be responsible for the bone mass loss
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in Sema3a−/− mice, and Sema3A regulated bone remodelling
indirectly by modulating sensory nerve innervation, not
directly by acting on osteoblasts [7].

Studies in vitro indicated that neuropeptides, such as
substance P and CGRP [11], could influence preosteoblast
cells. For example, SP significantly increased proliferation
of BMSCs in vitro in a dose-dependent manner [12]. And
SP could induce osteoblastic differentiation of BMSCs via
the Wnt/β-catenin pathway and promote the angiogenic
ability of BMSCs [13]. In addition, CGRP was reported to
exert its anabolic action on human osteoblasts by stimulating
canonical Wnt signaling and inhibiting human osteoblast
apoptosis [14].

Taken together, these findings in vivo and in vitro
suggested that the sensory nerve played a vital role in bone
metabolism and regeneration. However, the mechanism at
the cellular level is rarely studied, and one kind of neuropep-
tide may not reflect the overall effect of the sensory nerve on
bone cells. Therefore, the overall regulation of the sensory
nerve on bone cells and its underlying molecular mecha-
nisms need further studies.

In this study, we used a transwell coculture system to
investigate the effect of DRG cells on BMSCs. Our results
indicated that DRG could help maintain the stemness of
BMSCs through improving the basal autophagy level by
activating AMPK/mTOR signaling in this coculture system.

2. Materials and Methods

2.1. Isolation and Characterization of GFP Rat BMSCs.
BMSCs from 2-week-old GFP Sprague–Dawley (SD) rats
were harvested using a well-characterized protocol with
slight modification [15]. Briefly, primary cultures of BMSCs
were obtained from a 2-week-old GFP rat under sterile
conditions. The rats were sacrificed with an overdose of 2%
pentobarbital sodium (w/v). After immersing in 75% ethanol
(v/v) for 5min, both the femurs and tibias were isolated and
excised with the attached soft tissues, and then epiphyses
were cut off with aseptic scissors. Then, the marrow was
flushed from the diaphysis with a syringe and collected in a
primary culture medium (α-MEM containing 10% FBS and
1% antibiotics (penicillin and streptomycin)). The collected
medium containing marrow cells was cultured in 6-well
culture plates with 2ml α-MEM containing 10% FBS each
well. After 24 hours, nonadherent cells were carefully
removed. The cell growth medium was changed every 2 days,
and cells were subcultured until reaching 80% confluence.
Passage 3 BMSCs were seeded in a 6-well culture plate
at a concentration of 2× 103 cells/ml for coculture with
DRG. BMSCs from passage 3 were characterized with flow
cytometry and pluripotent differentiation.

2.2. Flow Cytometry. BMSCs from passage 3 were trypsi-
nized, centrifuged, and suspended in cold PBS, and the cell
number was calculated. Then, BMSCs were blocked with
2% BSA for 30min at room temperature. Meanwhile, the
antibodies were diluted to the recommended concentration
with PBS. After that, cell density was adjusted to 1× 106 each
tube. Then, cells were incubated for 40min at 4°C with a

PerCP anti-rat CD90 antibody (202512, BioLegend), PE
anti-rat CD11b/c antibody (201807, BioLegend), PE anti-rat
CD34 antibody (ab187284, Abcam), and PE-Cy7 anti-rat
CD45 antibody (202214, BioLegend). The incubated cells
were analyzed by flow cytometry (cytomics FC 500, Beckman
Coulter) using isotype-identical antibodies as controls.

2.3. Preparation of DRG and Coculture between BMSCs and
DRG Cells. One-day-old postnatal SD rats were sacrificed,
and isolation of DRG was based on the previous study [16].
The vertebral column was exposed and opened from the
thoracic to the lumbar region. Then, DRG was dissected from
the lumbar spinal cord and washed with ice-cold PBS. The
connective tissue was carefully removed. DRG was pooled
in α-MEM medium on ice until further procedure. The
collected DRG was cut mechanically with scissors for 2
minutes and then incubated for 30 minutes at 37°C with
0.1% (v/v) trypsin. Then, cells were filtered through a
100μm cell strainer and centrifuged at 180g for 5 minutes.
The harvested DRG cells were planted in the transwell cell
insert (Lot 3450, Corning, USA), which had already been
put into the 6-well culture plate, at a concentration of
1× 104 cells per well. Then, 1ml of the cell growth medium
was added into the transwell insert, which meant that there
was 3ml of the cell growth medium in all 6 wells of the plate.
BMSCs cultured without DRG cells were used as the control
group. They were cultured at 37°C in 5% CO2 atmosphere.
The use of transwell cell inserts allowed DRG cells and
BMSCs to share the same cell growth medium but had no
direct contact.

2.4. BMSC Osteogenic Differentiation and Alizarin Red
Staining. The osteogenic differentiation medium (RASMX-
90021) was purchased from Cyagen Biosciences Inc., and
the procedure was performed according to the products’
user manual. Briefly, after coculture for 8 days, BMSCs
were detached and seeded on a new 12-well culture plate
at the density of 2× 104 cells/well. The osteogenic medium
consisted of DMEM with 10% FBS, 50mg/ml ascorbic
acid-2phosphate, 100 nM dexamethasone, and 10mM β-
glycerol phosphate in the presence of 100U/ml penicillin
and 100mg/ml streptomycin. When cells were approxi-
mately 60–70% confluent, the growth mediums were care-
fully aspirated off from each well and 2ml of the osteogenic
differentiation medium was added. The osteogenic induction
mediums were changed every 3 days. After 14 days, cells
could be fixed with 4% paraformaldehyde and stained with
Alizarin red S (Cyagen Biosciences Inc.) for 3 to 5min, and
then cells were observed under the microscope.

2.5. BMSC Chondrogenic Differentiation and Alcian Blue
Staining. For chondrogenic differentiation, 0.5ml BMSCs
containing 2.5× 105 cells is needed to form one chondrogenic
pellet in 15ml polypropylene culture tubes with the differ-
entiation induction medium (RASMX-90041, Cyagen Bio-
sciences, USA). The caps of the tubes were loosened in
order to allow gas exchange, and cells were incubated at
37°C in a humidified atmosphere of 5% CO2. The pellets were
not disturbed for 24 hours. The chondrogenic induction
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mediums were changed every 2–3 days in each tube (to avoid
aspirating the pellets when aspirating the medium, attach a
sterile 1–200μl pipette tip to the end of the aspirating
pipette). 0.5ml of the freshly prepared complete chondro-
genic medium was added to each tube. To ensure that the
pellet was free floating, the bottom of the tube was flicked
several times. Chondrogenic pellets were harvested after
20 days of culture. Pellets were formalin-fixed, and frozen
sections of 8μm thickness were obtained for alcian blue
staining analysis.

2.6. Adipogenic Differentiation and Oil Red Staining. For
adipogenic differentiation, the differentiation induction
medium (RASMD-90031, 1μM DEX, 1μg/ml insulin, and
0.5mM 3-isobutyl-1-methylxanthine) and differentiation
basal medium (glutamine, insulin) were prepared according
to the user’s manual. On the 8th day of experiment, BMSCs
were reseeded at 2× 104 cells/cm2 in a 6-well tissue culture
plate with a medium volume of 2ml per well. Upon reaching
100% confluent or postconfluent, 2ml of the induction
medium was added per well. Three days later, the medium
was changed to a maintenance medium. 24 hours later, the
medium was changed back to the induction medium. After
repeating the cycle for 4 times, the maintenance medium
was continuously used for 4 to 7 days. After the cells had
differentiated, cells were rinsed and fixed with 4% parafor-
maldehyde. 1ml of oil red O (Cyagen Biosciences Inc.)
working solution was added (diluted to 3 : 2 with distilled
water and filtered with a filter paper) for 30 minutes to each
well. Then, cells were observed under a microscope.

2.7. Cell Proliferation Assay. Cell proliferation assay was
performed as previously described [17]. Briefly, cells were
seeded on 6-well plates (104 cells/well) and cultured with or
without DRG for indicated time lengths. At days 1, 2, 4, 6,
8, and 10, the Cell Counting Kit-8 (Dojindo) was applied
and incubated for 2 hours, and then absorbance of formazan
dye produced by living cells at 450nm was measured with a
microplate reader (Synergy H1, BioTek, USA). All experi-
ments were performed three separate times.

2.8. Colony-Forming Unit (CFU) Assay. CFU assay was
conducted to measure the self-renewal ability of BMSCs with
or without DRG cells. Briefly, BMSCs, after coculture with
DRG for 8 days, were seeded at the number of 50 cells in a
60mm plate and cultured for 10 days, then stained with
crystal violet staining solution. Colonies containing more
than 50 cells were counted under a microscope. Monocul-
tured BMSCs were recognized as the control in all the exper-
iments. All experiments were performed three separate times.

2.9. Real-Time Quantitative PCR. All procedures were
performed according to products’ instruction and referring
to a well-documented method in a previous study [15].
Briefly, total RNA from BMSCs was extracted using OMEGA
Total RNA Kit I (lot R6834-01, OMEGA bio-tek, USA)
according to the manufacturer’s protocol. Concentration
and purity of the RNA were determined by measuring
the absorbance in TE buffer (10mM Tris-HCl, pH 8.0,
and 1mM EDTA) at 260 and 280nm. Then, cDNA was

synthesized from the total RNA using a Takara PrimeScript™
RT Master Mix (Perfect Real Time) kit (Lot RR036, Takara,
Japan) following the supplier’s instructions. The levels of
mRNA of Sox2, Nanog, and Oct4 in BMSCs were determined
by quantitative real-time RT-PCR using the Takara SYBR
Green I kit according to the user manual (Bio-Rad, CFX96,
Real-Time System, USA). The sequences of the primers are
as follows: for Sox2, forward primer 5′-GTCAGCGCCCT
GCAGTACAA-3′ and reverse primer 5′-GCGAGTAGGAC
ATGCTGTAGGTG-3′; for Oct4, forward primer 5′-GAC
AACCATCTGCCGCTTC-3′ and reverse primer 5′-TCC
TCCACCCACTTCTCCA-3′; for Nanog, forward primer
5′-TGGACACTGGCTGAATCCTTC-3′ and reverse primer
5′-CGCTGATTAGGCTCCAACCAT-3′; and for GADPH
(as the internal control), forward primer 5′-ACAGGGCTA
TCAGGGAGCA-3′ and reverse primer 5′-GGAGCGAGA
TCCCTCCAAAAT-3′.

2.10. Western Blotting Analysis. Western blotting analysis
was conducted as previously described [18]. Briefly, BMSCs
in the 6-well plate were washed in cold-buffered PBS and
lysed in RIPA buffer with 1mm PMSF on ice. Cell lysates
were centrifuged (12000 rpm, 10min) at 4°C, and the protein
supernatant was transferred into new tubes. The concentra-
tion of the protein samples was determined with the BCA
Protein Assay Kit (PC0020, Solarbio, Beijing, China). A
20μg sample of the total protein was resolved using 12%
SDS-PAGE and transferred onto PVDF membranes. The
membranes were blocked in Tris-buffered saline containing
Tween 20 with 5% BSA at room temperature for 2 h. Primary
antibodies (LC3A/B, 50μg/50μl, AF5402, anti-LC3A/B
antibody, 1 : 1000, Affinity, USA; AMPK, ab32047, 1 : 2500,
Abcam, USA; p-AMPK, ab133448, 1 : 5000, Abcam, USA;
P-AKT, ab81283, 1 : 7000, Abcam, USA; AKT, ab8805,
1 : 500, Abcam, USA; mTOR, ab2732, 1 : 2000, Abcam,
USA; P-mTOR, ab137133, 1 : 5000, Abcam, USA; and β-
actin, 66009-1-lg, 1 : 20000, Proteintech Group, USA) were
incubated overnight with the membranes at 4°C. Membranes
were incubated with horseradish peroxidase-conjugated anti-
rabbit secondary antibodies (Goat Anti-Rabbit IgG (HRP),
Abcam, ab6721, USA), and proteins were detected by
enhanced chemiluminescence (Beyotime, Shanghai, China)
using Amersham Imager 600 (General Electric Company,
USA). β-Actin was used as the internal control to normalize
the loading materials.

2.11. Immunofluorescence. Cells were immobilized with 4%
paraformaldehyde and permeabilized with 1% triton X-100
for 10min, followed by blocking with 2% bovine serum
albumin for 30 minutes. Then, the primary antibody, rabbit
polyclonal antibody (LC3A/B, 50μg/50μl, AF5402, anti-
LC3A/B antibody, 1 : 100, Affinity, USA), was used for
incubation overnight at 4°C. Then, cells were incubated with
a secondary antibody Alexa Fluor 647 donkey anti-rabbit
(ab150075, 1 : 200, Abcam, USA) away from light for 1 hour.
After that, cells were mounted with DAPI (1 : 1000, 32670-
5MG-F, Sigma, USA) for 5 minutes. Immunofluorescent
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images were captured and analyzed with a confocal micro-
scope (Olympus, FV10-ASW3.1, JPN).

2.12. Drug Treatment. The AMPK inhibitor, compound C,
was purchased from Millipore (Merck, Billerica, MA, USA),
and the dose of compound C was 20μΜ [19, 20]. Compound
C was added into the system for 24 hours after coculture
for 8 days. The NK1 receptor antagonist, aprepitant, was
purchased from Sigma-Aldrich (SML2215-5MG, Shanghai,
China). The dose of aprepitant was 50μΜ [21, 22]. After
coculture for 8 days, DRG and BMSCs were treated with
aprepitant for 48 hours. Then, BMSCs were collected for
the following analysis.

2.13. Statistical Analysis. All data were expressed as
means± standard deviation and analyzed by SPSS software
(version 13.0). The difference between groups was compared
by Student’s t-test, and P value less than 0.05 was considered
to be statistically significant.

3. Results

3.1. Characterization of GFP Rat BMSCs. BMSCs appeared to
have fusiform morphology with green fluorescence, the
classical form of them (Figure 1(a)). The multipotential
differentiation of BMSCs was verified by alizarin red stain-
ing (Figure 1(b)), oil red O staining (Figure 1(c)), and
alcian blue staining (Figure 1(d)), which showed that BMSCs
used in this study could differentiate into osteoblasts,

adipocytes, and chondrocytes under induction condition.
The flow cytometry analysis suggested that P3 cells used in
this experiment had abundant expression of CD90 (99.8%)
and the absence of CD34 (2.5%), CD11b/c (1.5%), and
CD45 (2.3%) (Figure 1(e)). Together, BMSCs in this study
had multiple potential for differentiation, and the purity of
BMSCs was very high, so P3 BMSCs could be used for the
following experiments.

3.2. Coculturing with DRG Promoted Proliferation and
Enhanced Multipotential Differentiation of BMSCs. Here,
we analyzed the effect of coculturing with DRG on BMSC
proliferation and multipotential differentiation. We found
that coculturing with DRG significantly promoted BMSC
proliferation and elevated their osteogenic, adipogenic, and
chondrogenic differentiations. Rat GFP-BMSCs in the cocul-
ture group showed similar fibroblastic morphology to those
from the control group (Figure 2(a)). However, the density
of BMSCs in the coculture group was larger than that in the
control group at distinct time points (day 3, day 5, and day
8) (Figure 2(a)). To assess the proliferation of the two groups,
CCK8 analysis was conducted until day 10, and the BMSC
proliferation curve showed that BMSC coculturing with
DRG proliferated more significantly at each time point,
especially at day 6 and day 8, compared with the control
BMSC group (Figure 2(b)). So we chose BMSCs at coculture
day 8 to analyze the effect of DRG on multiple differentiation
of BMSCs. The results of alizarin red, oil red O, and alcian
blue stainings showed that osteogenic, adipogenic, and
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Figure 1: Characterization of GFP BMSCs. (a) Morphology of P3 GFP BMSCs. (b) Alizarin red staining of BMSCs after osteogenic induction
for 14 days. (c) Oil red staining of BMSCs after adipogenic induction for 10 days. (d) Alcian blue staining of BMSCs after chondrogenic
induction for 20 days. (e) Representative results of flow cytometry analysis of P3 BMSCs indicating abundant expression of CD90 and the
absence of CD 34, CD11b/c, and CD45.
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chondrogenic differentiations of BMSCs were all enhanced in
the DRG+BMSC group, compared with the BMSC group
(Figure 2(c)). These findings suggested that coculture with

DRG could not only enhance proliferation but also promote
multiple differentiation of BMSCs, which hinted that cocul-
ture with DRG may have an effect on stemness of BMSCs.
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Figure 2: Coculturing with DRG promoted proliferation and enhanced multipotential differentiation of BMSCs. (a) Morphology and density
of GFP BMSCs at days 3, 5, and 8. (b) Proliferation curves of BMSCs after coculture with DRG by the CCK8 assay. (c) Osteogenic, adipogenic,
and chondrogenic differentiation of BMSCs were significantly promoted after coculture with DRG for 8 days.
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3.3. Coculturing with DRG Promoted the Self-Renewal Ability
and Stem Cell-Related Gene Expression of BMSCs. To investi-
gate the effect of coculturing with DRG on stemness of
BMSCs, CFU assay, which detected the self-renewal ability
of BMSCs, was conducted. BMSCs at day 8 were used and
cultured for 10 days. Compared with the BMSC group, more
colonies were formed and the colony area was much larger in
the DRG+BMSC group (P < 0 05, Figure 3(a)). To verify the
effect of DRG on BMSC stemness, we detected the expression
of stem cell-related genes, Nanog, Oct4, and Sox2, and all of
them were significantly upregulated after coculture for 3,
5, and 8 days, especially at days 5 and 8 (P < 0 05,
Figure 3(b)), which was in line with the result of BMSC
proliferation. These findings indicated that coculture with
DRG could maintain the stemness of BMSCs.

3.4. Coculturing with DRG Enhanced BMSC Autophagy. As
was indicated by mounting evidence, autophagy plays a
critical role in the stemness maintenance of stem cells. To
verify whether autophagy was involved in the process of
stemness maintenance of BMSCs in the coculture group, we
detected the protein expression of autophagic markers LC3II
and LC3I by Western blot and immunofluorescence at day 8.
BMSCs in the coculture group displayed stronger LC3
fluorescence intensity than BMSCs in the control group
(Figure 4(a)). The conversion of soluble LC3I to lipid-
bound LC3II is an indicator of autophagosome formation,

so the LC3II/LC3I ratio means the level of autophagy activa-
tion. Western blot results showed that there was much more
LC3II protein expression in the coculture group and the
LC3II/LC3I ratio was predominantly larger in the coculture
group than in the control group (Figure 4(b)). These results
suggested that autophagy was activated in BMSCs during
the process of coculture with DRG.

3.5. AMPK/mTOR Signaling Was Activated in the Coculture
Group. In order to identify the mechanism of autophagy
activation of BMSCs in the coculture group, we next investi-
gated two classical signaling pathways involved in autophagy
activation, including AMPK/mTOR and AKT/mTOR signal-
ing pathways, by Western blot after coculture for 8 days. The
activation of mTOR could inhibit the autophagy, and phos-
phorylation of AMPK inhibited the activation of mTOR,
so the activation of AMPK would promote the level of
autophagy. The results showed that the protein expression
of p-AMPK in the coculture group was significantly upregu-
lated compared to that in the control group, while the expres-
sion of P-AKT remained unchanged between two groups
(Figure 5). These results provided evidence that autophagy
activation of BMSCs in the coculture group may be mediated
through AMPK/mTOR signaling but not through AKT/
mTOR signaling.

3.6. Compound C Treatment Downregulated Autophagy and
Stem Cell-Related Genes in the Coculture Group. To further

Counting of cell colonies
50

40

30

⁎

20C
ol

on
y

BMSCs DRG + BMSCs

BMSCs DRG + BMSCs

10

0

(a)

⁎

⁎
⁎

⁎

⁎
⁎

⁎

⁎

⁎

BMSCs
BMSCs + DRG

2.5

2.0

1.5

1.0

Re
lat

iv
e e

xp
re

ss
io

n 
fo

ld

0.5

0.0

5

4

3

2

Re
lat

iv
e e

xp
re

ss
io

n 
fo

ld

1

0

4

3

2

Re
lat

iv
e e

xp
re

ss
io

n 
fo

ld

1

0
Sox2 Oct4

Day 3 Day 5 Day 8

Nanog Sox2 Oct4 Nanog Sox2 Oct4 Nanog

(b)

Figure 3: Coculturing with DRG promoted the self-renewal ability and stem cell-related gene expression of BMSCs. (a) CFU assay of
the BMSCs and BMSCs +DRG groups. Purple dots refer to cell colonies. (b) Stem cell-related gene expression after coculture for 3, 5,
and 8 days. ∗ denotes that differences are statistically significant between BMSCs +DRG and BMSCs groups.
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confirm whether AMPK/mTOR signaling mediated the
autophagy and maintenance of BMSC stemness, we treated
BMSCs with compound C, an AMPK-specific inhibitor, in
the coculture group. After treatment with compound C for

8 days, the protein expression of LC3II and LC3I was signif-
icantly decreased compared with the coculture group without
compound C (P < 0 05, Figures 6(a) and 6(b)). This indicated
that AMPK/mTOR signaling mediated the autophagy of
BMSCs in the coculture system. Moreover, the mRNA levels
of stemness genes, Sox2, Oct4, and Nanog, were predomi-
nantly downregulated, yet still higher than those of the
control group (P < 0 05, Figure 6(c)). These data demon-
strated that autophagy mediated by AMPK/mTOR signaling
took an active part in BMSC stemness maintenance in the
coculture group, although not the whole part, as the expres-
sion of stem cell-related genes in the coculture + compound
C group was still higher than that in the control group.

To identify the factors involved in the effects of DRG-
derived cells on BMSCs, DRG and BMSCs were cocultured
for 8 days and then were treated with aprepitant, an NK1
receptor antagonist, for 48 h at the concentration of 50μΜ.
Then, BMSCs were collected, and autophagy-related proteins
LC3I and LC3II and stemness gene expressions in the
three groups, BMSCs+DRG, BMSCs+DRG+aprepitant,
and BMSCs, were detected. We found that the expression
of autophagy-related proteins and the ratio of LC3II/I
decreased after adding aprepitant into the coculture system
(Figures 7(a) and 7(b)), but the autophagy protein expression
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Figure 4: Coculturing with DRG enhanced BMSCs autophagy. (a) LC3 immunofluorescence images after coculture for 8 days. (b) Western
blot analysis of LC3II and LC3I and the LC3II/LC3I ratio analysis after coculture for 8 days. MOD: mean optical density. ∗ denotes that
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Figure 5: AMPK signaling pathway, not the AKT signaling
pathway, was activated in BMSCs after coculture for 8 days.
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and the ratio of LC3II/I were still higher than those of the
control group (Figures 7(a) and 7(b)). Similar to the
autophagy level, the stemness genes were also downregu-
lated after treatment with aprepitant compared with the
coculture group but were still higher than those of the
control group (Figure 7(c)). These results showed that
aprepitant could partly block the effect of DRG-derived
cells on BMSCs, which indicated that substance P might
play an important role in the effect of DRG-derived cells
on BMSCs in the coculture system.

4. Discussion

A number of studies, both in vivo and in vitro, have explored
the diverse roles of the sensory nerve in bone physiology
[6–10]. However, the direct effect of the sensory nerve
on bone cells at the cellular level and its underlying
molecular mechanisms were still unclear. In order to
investigate the overall effect of the sensory nerve on cell
biological behavior of BMSCs, we designed a transwell
coculture system between DRG and BMSCs, considering
that there was no direct contact between DRG and BMSCs
in the bone in vivo. We found that DRG could promote
the proliferation and self-renewal ability of BMSCs. What
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Figure 6: Compound C treatment downregulated autophagy and
stem cell-related genes in the coculture group. (a) Western blot
analysis of LC3II and LC3I after treatment with compound C.
(b) Analysis of LC3II/LC3I among the three groups. (c) Stem
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is more, multipotential differentiation of BMSCs was more
significant in the coculture group. Since the ability of self-
renewal and multiple differentiation potential were two
major characteristics of stem cells [23], we assumed that
coculture with DRG might help keep the stemness of
BMSCs. Next, we found that stem cell-related genes, Sox2,
Nanog, and Oct4, were upregulated in the coculture group,
which further confirmed the role of DRG in stemness
maintenance of BMSCs in this coculture system.

As was reported, the stemness maintenance of stem cells
had a close relationship with autophagy [24–27]. Autophagy
is a process of self-degradation of cellular components in
which double-membrane autophagosomes sequester organ-
elles or portions of cytosol and fuse with lysosomes or
vacuoles for breakdown by resident hydrolases [28]. The
mechanism of autophagy maintaining stemness was studied
in many researches. They concluded that autophagy helped
maintain stemness through suppressing stem cell metabo-
lism by clearing active, healthy mitochondria [25], clearing
away toxic cellular waste [26], and preventing reactive
oxygen species (ROS) accumulation [27]. In the process of
autophagy, LC3 was reported to be a well-known marker of
autophagosomes, and the ratio of LC3II/LC3I reflected the
level of autophagy [26]. In our study, to confirm whether
autophagy played a role in the maintenance of stemness of
BMSCs in the coculture system, the expression of LC3 was
detected and the ratio of LC3II/LC3I was analyzed. Our
results proved that the basal autophagy level in the coculture
group was higher than that in the control group, but we still
could not conclude that the higher autophagy level resulted
in the maintenance of BMSCs in this study.

Mounts of evidences have revealed the signaling regula-
tion of autophagy [29, 30], among which AMPK/mTOR
and AKT/mTOR were two most studied pathways [31–34].
So we examined the protein expression of AMPK, AKT,
and mTOR at day 8 during coculture, and we found that,
compared to the control group, p-AMPK was upregulated
and mTOR was downregulated, while AKT was unchanged
in the coculture group. Therefore, AMPK/mTOR signaling
mediated the enhancing autophagy. What is more, com-
pound C, an AMPK inhibitor [35, 36], downregulated the
autophagy and stem cell-related genes in the coculture group,
which demonstrated that autophagy maintained the stem-
ness of BMSCs in the coculture group mediated by the
AMPK/mTOR pathway. In addition, the stemness genes in
the compound C group, although lower than those in the
DRG coculture group, were still higher than those in the
BMSC monoculture group, which might suggest that there
existed other mechanisms of stemness maintenance in the
coculture group except the enhanced autophagy.

In order to further determine the factors by which DRG
acts on BMSCs, two major sensory neuropeptides, SP and
CGRP, were taken into consideration. However, according
to some researches, CGRP receptors exist not only in BMSCs
but also in DRG and Schwann cells, and CGRP can play an
important role in the function of Schwann cells and DRG
[37–39]. Therefore, in the coculture system, if the CGRP
receptor inhibitor is added, it would not only block the CGRP
receptors of BMSCs but also block the CGRP receptors of

Schwann cells and DRG neurons, which would totally
change the original system and make the results hard to
analyze. Since we did not find that SP had any effect on
DRG and Schwann cells, we used the NK1 receptor antag-
onist, aprepitant [21, 22], to explore the role of SP in this
coculture system.

In several studies, the coculture system had been used
to investigate the communication between neurons and
other cells [16, 40–43]. It was reported that DRG could
promote the proliferation of osteoblasts differentiated from
BMSCs and the osteogenic gene expression under direct
contact condition [40]. And the sensory neuron could reg-
ulate MC3T3-E1 cells through exocytosis of glutamate and
substance P, and it was confirmed that the peptidergic
neurons were involved in this process [43]. More recently,
Silva et al. [41] designed a microfluidic device where only the
neurites from DRG neurons reached the MSCs to study the
direct effect of sensory neurons on BMSCs. They found that
DRG neurons enhanced osteogenic differentiation of MSCs
through the activation of the Wnt/β-catenin signaling path-
way, which was proved by the upregulation of osteogenic
genes and cytoplasmic accumulation and translocation into
the nucleus of β-catenin in BMSCs, but DRG was found to
have the ability to maintain stemness of BMSCs in the cocul-
ture system in our study. It seemed different from our results.
However, the BMSCs in their studies were cultured in the
presence of dexamethasone, ascorbic acid, and β-glycerol
phosphate, which could induce the osteogenic differentiation
themselves without other factors [44, 45], while we did not
add an osteogenic inducer in our study. Also, there was no
difference in osteoblast marker genes between mono- and
coculture groups without the osteogenic induction medium,
which meant that the effect of the DRG neuron per se was
not sufficient to induce the osteoblastogenesis in vitro. They
concluded that DRG could only enhance the osteogenic
differentiation in the presence of the osteogenic induction
medium but could not start it. This finding was in accord
with our results. In our study, the mechanism of promoting
osteogenesis was that transwell coculture with DRG helped
maintain the stemness of BMSCs; then, the osteogenic
induction medium would show a more significant effect on
osteogenic differentiation.

As was reported, in vitro culture impaired the stemness of
BMSCs [46, 47] and resulted in impaired self-renewal and
multilineage differentiation ability, which was not good for
their use as seed cells in bone tissue engineering. Besides,
the mechanism of BMSC stemness maintenance was the
enhancement of their basal autophagy level in our study. This
suggested that the moderate enhancement of autophagy
might be beneficial to the culture of stem cells in vitro,
which cleared away the impaired cellular components
and kept cell homeostasis [48, 49]. Moreover, the intensity
of autophagy could be regulated by certain drugs, such as
rapamycin [50, 51] and bafilomycin A1 [52, 53]. Since
BMSCs are widely applied as seed cells in bone tissue
engineering [54], our study may provide a new strategy
to expand BMSCs abundantly in vitro by regulating their
autophagy intensity without impairing their self-renewal
and pluripotent differentiation abilities.
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It should be noted that DRG cells contained both sensory
neurons and Schwann cells in our experiment, although
DRG explants had been shredded and digested. These two
components are similar to the sensory nerve in vivo, where
sensory neurites are wrapped around by the Schwann cells
[55]. Therefore, the phenomenon of stemness enhancement
observed in this experiment should be considered the
synthetic effects of sensory neurons and Schwann cells. In
another study, it was found that Schwann cells secreted extra-
cellular vesicles to promote and maintain the proliferation
and multipotency of human dental pulp cells (hDPCs), and
through proteome and Western blot analysis, they detected
abundant enrichment of Oct4 and TGFβs in Schwann cell-
derived extracellular vesicles, which explained the upregu-
lation of stem cell-related genes and the acceleration of
proliferation in hDPCs [17]. As hDPCs showed common fea-
tures with BMSCs in many aspects, this result might partly
explicate the stemness enhancement of BMSCs in a coculture
system containing Schwann cells in our study. At the same
time, it might also explain why stemness enhancement of
BMSCs still existed even after blocking autophagy with
compound C in the coculture group.

In our study, we used a transwell coculture system to
explore the effect of DRG on BMSCs, which mimicked the
implanted sensory nerve and BMSCs in TEB. And we found
that DRG could help maintain the stemness of BMSCs
in vitro, in which the process of secreting substance P from
DRG neurons played an important role. Based on this
finding, it could be hypothesized that the sensory nerves
implanted into the tissue-engineered bone enhanced the
autophagy of BMSCs and helped maintain their stemness,
which would keep the self-renewal and multilineage differen-
tiation abilities of BMSCs. Therefore, BMSCs would be more
ready to proliferate and differentiate into other kinds of cells,
such as osteoblasts, chondrocytes, vascular endothelial cells,
and even Schwann cells, under the induction condition
[56–58]. These cells were all critical for bone repair and
regeneration. In addition, BMSCs have powerful paracrine
function, including growth factors and neurotrophic factors
[59–61]. And the maintenance of stemness is important for
keeping this ability. Moreover, this study presented a new
perspective for understanding neuronal regulation of the
bone, but it still needs further study regarding which factors,
except substance P, in DRG acted on BMSCs and how they
worked on BMSCs.

5. Conclusion

DRG was helpful in maintaining the stemness of BMSCs in a
transwell coculture system, and this function was achieved by
enhancing the autophagy level of BSMCs through AMPK/
mTOR signaling, which may explain the mechanism of the
sensory nerve promoting osteogenesis, and substance P plays
an important role in the process.
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Macrophages have been found to regulate the effects of biomaterials throughout the entire tissue repair process as an antigen-
presenting cell. As a well-defined osteoconductive biomaterial for bone defect regeneration, tricalcium phosphate (TCP) has
been found to facilitate a favourable osteoimmunomodulatory response that can shift macrophage polarization towards the M2
phenotype. In the present study, our group discovered that a histone methyltransferase enhancer of zeste1 (EZH1) was
drastically downregulated in Thp1 cells stimulated by TCP, indicating that EZH1 may participate in the macrophage phenotype
shifting. Furthermore, the NF-κB pathway in macrophages was significantly downregulated through stimulation of TCP,
suggesting a potential interaction between EZH1 and the NF-κB pathway. Utilizing gene knock-down therapy in macrophages,
it was found that depletion of EZH1 induced M2 macrophage polarization but did not downregulate NF-κB. When the NF-κB
pathway was inhibited, the expression of EZH1 was significantly downregulated, suggesting that the inhibition of EZH1 may be
regulated by the NF-κB pathway. These novel findings provide valuable insights into a potential gene target system that controls
M2 macrophage polarization which ultimately favours a microenvironment suitable for bone repair.

1. Introduction

As a type of antigen-presenting cell, macrophages have
been found to regulate implanted biological materials dur-
ing the tissue repair process [1]. The strong plasticity of
macrophages enables their dual function that favours
either tissue inflammation or tissue repair, which have
made macrophages an ideal research target in the field of
tissue engineering [2, 3]. With changes to the surrounding
microenvironment, macrophages can polarize into two
phenotypes, either M1 (tissue inflammation) or M2 (tissue

repair) macrophages. It is generally accepted that the M1
macrophage produces a number of proinflammatory cyto-
kines including IL-6, IL-12, and TNF-alpha, thereby reduc-
ing osteogenic differentiation [4]. On the contrary, M2
macrophages are responsible for tissue repair macrophage
and hence secrete pro-wound-healing cytokines and growth
factors including TGF-β, VEGF, and IFG-1 to promote
immunoregulation and tissue repair [5]. Therefore, balan-
cing the microenvironment and macrophage polarization
between M1 and M2 phenotypes is critical for proper bioma-
terial implant integration.
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As a well-defined osteoconductive biomaterial for bone
regeneration, tricalcium phosphate (TCP) has broad clinical
applications [6, 7]. Because of the good absorbability and
osteoconduction characteristics of TCP, it enables bone
remodelling to occur at the material interface [8–10]. Natu-
rally, however, it is important to understand that prior
to bone formation around any biomaterial, immune cells
(namely, macrophages) surround the surface of the biomate-
rial and create a microenvironment that favours either future
bone regeneration or fibrous encapsulation [3].

There have been inconsistencies in the literature defining
the role of macrophages with respect to their contribution to
osteogenesis around TCP bone particles. In a study con-
ducted by Chen et al., it was revealed that macrophage polar-
ization was driven towards the M1 extreme when cobalt was
incorporated into β-tricalcium phosphate and this negatively
impacted the ability for bone-forming osteoblasts to contrib-
ute to new bone formation [11]. Similarly, a study by Tai et al.
found that TCP particles promoted macrophage expression
of CD86, an M1 surface molecule in macrophages [12]. In
contrast, however, a study by Chen et al. found that TCP
extracts facilitated a favourable osteoimmunomodulatory
response that promotedM2macrophage polarization includ-
ing the release of bone morphogenetic protein-2 (BMP2),
one of the best-known inducers of osteoblast differentiation
of bone marrow stromal cells (BMSCs) [13, 14].

Currently, numerous studies have shown that histone
methylation modification plays an important role in the
polarization of macrophages [15–17]. Previously, our group
revealed that EZH1 can form a nonclassical complex with
SUZ12 and UTX, leading to the assembly of RNA polII to
the target genes of NF-kappa B [18]. NF-kappa B is a key
pathway that mediates macrophage polarizations towards
theM1 phenotype, but whether it can regulate EZH1 remains
unknown. Furthermore, the direct role of EZH1 during mac-
rophage polarization remains unclear [19, 20].

In the present study, we aimed to investigate the potential
role of macrophages during the bone regeneration process in
the femurs of rats implanted with TCP. It was revealed that
TCP significantly suppresses the activation of the NF-kappa
B pathway and causes a decrease in EZH1 expression. The
reduction of EZH1 led to lower expression of M1 markers
resulting in a lowered release of proinflammatory cytokines.
As a result, it was found that this local microenvironment
favoured bone regeneration. We then set to characterize the
role of EZH1 in the regulation of macrophage polarization
and further aimed to clarify the interaction between EZH1
and NF-kappa B during the bone repair process.

2. Materials and Methods

2.1. In Vivo Studies by Using the Femur Defect Model. The
tricalcium phosphate utilized in this study was purchased
from Olympus Terumo Biomaterials. Six mature Wistar rats
whose body weight ranged from 185 to 235 grams were uti-
lized for the in vivo component of this study. All rats utilized
in this study were handled in accordance with the policies of
the Ethics Committee for Animal Research, Wuhan Univer-
sity, China. Proper sterile conditions and minimally invasive

surgical procedures were utilized throughout the entire sur-
gery and approved by the Ethics Committee for Animal
Use of the Institute of Biomedical Sciences, under protocol
number 134/2012. The animals and surgical protocols were
performed according to our previous studies [21]. Briefly,
the femoral diaphysis was orientated by a direct incision
towards the fascia lata. A bone defect that reached the med-
ullary canal was made by a diamond-tipped drill bit at
4000 rpm irrigated by physiological serum. Then the defect
was filled with sterilized TCP. Afterwards, the wound was
sutured closed in 2 layers. After one day, 3 rats were sacrificed
using sodium pentobarbital (200mg/kg, ip). After 8 weeks,
the remaining three rats were sacrificed.

2.2. Hematoxylin-Eosin Staining. After fixing in 4% formal-
dehyde for 48 hours, femoral samples were submersed in
10% EDTA, which was changed every three days for 3 weeks
to decalcify the samples. Then the samples were embedded in
paraffin. Samples were cut in 5μm thick sections and each
slide was prepared with two sections. The sections were
stained using hematoxylin-eosin stain (Sigma).

2.3. Cell Culture and Extract Preparation. Thp1 cells were
cultured at 37°C with 5% carbon dioxide in HyClone RPMI
1640 medium modified (Thermo Fisher Scientific Inc.),
10% fetal bovine serum (FBS) (Gibco, Life Technologies Cor-
poration), and 100mg/mL streptomycin (HyClone). TCP
was sterilized and placed into 24-well plates (100mg/well)
using a small spatula and then into cultures with 500μL/well
of Thp1 culture medium. After 24h of incubation, the culture
medium was collected as the TCP extract.

Thp1 was first induced to macrophages by culture with
100 ng/mL of phorbol myristate acetate (PMA) (Sigma) at a
density of 1× 106 cells/mL for 48h. Then the culture medium
was changed to culture medium containing TCP extract,
500 ng/mL lipopolysaccharide (LPS) (PeproTech), and
20ng/mL human interleukin-4 (IL-4) (PeproTech). After
incubation for 1 h, the supernatants of Thp1 cells cultured
with TCP extract were collected.

Humanbonemarrow stemcells (HBMSCs)were obtained
from patients undergoing iliac bone graft with informed writ-
ten consent. The procedure was approved by the Ethics Com-
mittee at Wuhan University, China. HBMSCs were cultured
in a-MEM medium (Thermo Fisher Scientific Inc.) at 37°C
with 5% carbon dioxide.

2.4. Gene Silence and Osteogenic Induction. Gene silence in
Thp1 was performed as Lipofectamine 3000 reagent protocol
(Thermo Fisher Scientific). The target sequence for siRNA
was 5′-CCAAAGUGGUCAUGGUGAATT-3′.

Osteogenic-inducing media were comprised of a-MEM
with 10%FBS, 100U/mLpenicillin, 100mg/mL streptomycin,
10 nMdexamethasone, 10mMbeta-glycerophosphate, 50μg/
mL L-ascorbic acid, and TCP extract, Thp1 supernatants.

2.5. Alizarin Red Staining and Alkaline Phosphatase Staining.
HBMSCs were first washed with PBS three times and then
fixed in 4% formaldehyde for 15min after being induced with
osteogenic differentiation media for 14 days. Then samples
were stained with 0.1% alizarin red solution (pH4.2) at room
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temperature for 1 h. Alkaline phosphatase (ALP) staining
was performed according to the manufacturer’s protocol
(ALP; Beyotime) after HBMSCs were cultured for 7 days.
Quantification of the areas of alizarin red staining and ALP
staining was measured by ImageJ software [22]. Stained areas
were designated by normalizing the threshold and then ana-
lysing the size of the stained areas.

2.6. Protein Extraction and Western Blotting. EZH1 silenced
and normal Thp1 cells were treated with TCP extract for
1 h. Then cells were collected with RIPA, mixed with loading
buffer, and then heated for 10min at 95°C to denature total
protein for Western blotting. The antibodies against EZH1
(ABclonal, A5818), P65 (Boster, BA0610-2), and P-P65 (Cell
Signaling Technology Inc.) were purchased from the indi-
cated companies.

2.7. Reverse Transcription and Quantitative PCR. Thp1 cells
were treated with PMA for 48 h, and then the culture
medium was replaced with culture medium containing TCP
extract, LPS, and IL-4. After incubation for 1 h, the superna-
tants of Thp1 were collected. Then HBMSC cells were treated
with culture medium including the supernatants from the
Thp1, LPS, IL-4, and TCP extract which contained osteo-
genic differentiation medium for 14 days. Thp1 cells were
treated with culture medium, LPS, IL-4, and TCP extract
for 2 h to evaluate gene expression for macrophage

polarization. Total RNA was extracted with TRIzol reagent
(TriPure Isolation Reagent, Roche Applied Science, Ger-
many) following the manufacturer’s protocol. About 1μg of
total RNA was used in reverse transcription with PrimeScript
RT-PCR Kit (TaKaRa, Japan) according to the manufac-
turer’s protocol. The primer sequences used in Q-PCR are
shown in Table 1.

2.8. Statistical Analysis. All data analysis was performed
using GraphPad Prism software (San Diego, CA). The sig-
nificance was set at p < 0 05. Data was calculated as a
mean, and the statistical significance of differences between
different groups was examined by one-way ANOVA and
t-test. GAPDH was used as housekeeping gene. ∗p < 0 05,
∗∗p < 0 01, ∗∗∗p < 0 001, and ∗∗∗∗p < 0 0001.

3. Results

3.1. TCP Scaffolds Promote Bone Regeneration and BMSC
Osteogenic Differentiation. To confirm the ability of TCP
scaffolds during bone regeneration and to investigate the
potential bone-promoting mechanism, TCP scaffolds were
implanted in the femur of rats and sacrificed after 1 day
and 8 weeks. After 8 weeks, new bone formation around
TCP scaffolds was visible by H&E staining (Figures 1(c)
and 1(d)). More in light with the early events taking place
during TCP/biomaterial, it was found that after 1 day

Table 1: The primer sequences used in RT-PCR.

Gene Organism Primer sequence

IL-10 Homo sapiens
Forward: 5′-GAGAAGCATGGCCCAGAAATC-3′
Reverse: 5′-GAGAAATCGATGACAGCGCC-3′

IL-1α Homo sapiens
Forward: 5′-CTCCAGCTGGAGGAAGTTAAC-3′
Reverse: 5′-CTGACTCAAAGCTGGTGGTG-3′

TNF-α Homo sapiens
Forward: 5′-CTGAACTTCGGGGTGATCGG-3′

Reverse: 5′-GGCTTGTCACTCGAATTTTGAGA-3′

IFN-γ Homo sapiens
Forward: 5′-GGCCATCAGCAACAACATAAGC-3′
Reverse: 5′-GGGTTGTTGACCTCAAACTTGG-3′

ARG1 Homo sapiens
Forward: 5′-GCCCTTTGCTGACATCCTA-3′
Reverse: 5′-CACCAGGCTGATTCTTCCGT-3′

CD206 Homo sapiens
Forward: 5′-GGGTTGCTATCACTCTCTATGC-3′
Reverse: 5′-TTTCTTGTCTGTTGCCGTAGTT-3′

RUNX2 Homo sapiens
Forward: 5′-CTGTGGCATGCACTTTGACC-3′
Reverse: 5′-GACCCTGACTTTTCGGGGAG-3′

OCN Homo sapiens
Forward: 5′-GCAAAGGTGCAGCCTTTGTG-3′
Reverse: 5′-GGCTCCCAGCCATTGATACAG-3′

ALP Homo sapiens
Forward: 5′-TCAGAAGCTAACACCAACG-3′
Reverse: 5′-TTGTACGTCTTGGAGAGGGC-3′

OSX Homo sapiens
Forward: 5′-CAACCTGCTAGAGATCTGAG-3′
Reverse: 5′-TGCAATAGGAGAGAGCGA-3′

GAPDH Homo sapiens
Forward: 5′-TCAGCAATGCCTCCTGCAC-3′
Reverse: 5′-TCTGGGTGGCAGTGATGGC-3′
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in vivo, macrophages gathered around the TCP particles
prior to bone regeneration (Figures 1(a), 1(b), 1(e), and 1(f)).

Experiments from our in vitro data further demonstrated
that TCP stimulates BMSC osteogenic differentiation. Firstly,
since TCP is mineralized and can be stained with alizarin red
(ARS), we utilized TCP extract for all the in vitro experi-
ments. As illustrated in Figures 1(b)–1(d), the extract of
TCP scaffolds significantly upregulated osteogenic differenti-
ation markers when compared to the control group
(Figures 1(b)–1(d)). Furthermore, the impact of inflamma-
tion can be markedly seen through the positive role of anti-
inflammatory mediator IL-4, whereas a negative role was
observed in the proinflammatory mediators which included
LPS during osteoblast differentiation. Compared to the con-
trol group, stimulation of Thp1 with the supernatant of the
TCP extract induced significantly better osteogenic differ-
entiation (Figure 1). We therefore began to focus on the
role of macrophage induced via TCP during BMSC osteo-
genic differentiation to investigate a potential mechanism
for this action.

3.2. TCP Scaffolds Facilitate M2 Macrophage Polarization.
Previous studies have reported that TCP scaffolds can modify
the immune microenvironment towards one that favours
osteogenesis by switching themacrophage phenotype towards
an M2 polarization [23]. Therefore, we decided to evaluate
the anti-inflammatory ability of TCP through M1- (TNF-α,
IFN-γ) and M2- (CD206, ARG1) associated markers and
cytokines. Stimulation of Thp1 cells with TCP extract resulted
in a shift towards the M2 phenotype with higher expression
of M2 markers and lower expression of M1-associated cyto-
kines (Figure 2(a)). The PCR results (Figure 2(b)) demon-
strated that the most significant change in inflammatory
gene expression occurred at 2 h, 4 h, and 24 h and therefore
confirmed that changes occur rapidly when macrophages
are in contact with TCP.

3.3. The Inhibition of EZH1 Caused by TCP Facilitates M2
Macrophage Polarization. There have been a large volume
of published studies describing the role of methylase activity
during macrophage polarization [15–17]. EZH1, part of a
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Figure 1: Osteogenic effect and gathering of macrophages at the healing defects filled with TCP. (a) (A–D) Representative sections of
hematoxylin-eosin staining. Macrophages are indicated by red arrows. (E) Representative sections of immunohistochemistry staining with
F4/80 antibody. Macrophages are indicated by red arrows. (F) Representative sections of immunohistochemistry staining with CD206
antibody. M2 macrophages are indicated by red arrows. (A,C) Scale bar = 50μm; (B, D, E, and F) scale bar = 20 μm. (b) Relative mRNA
expression of ALP, OCN, OSX, and Runx2 of HBMSC stimulated by control medium, supernatant of control Thp1, LPS, IL-4, and TCP
extract and supernatant of TCP-induced Thp1. (c) Alizarin red staining, ALP staining, and quantification of HBMSC stimulated by control
medium, supernatant of control Thp1, LPS, IL-4, and TCP extract and supernatant of TCP-induced Thp1. (d) Quantification of the areas
of alizarin red staining and ALP staining was measured by ImageJ software. ∗p < 0 05, ∗∗p < 0 01, ∗∗∗p < 0 001, and ∗∗∗∗p < 0 0001.
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noncanonical PRC2 complex, specifically catalyzes H3K27 to
prevent the derepression of PRC2 target genes. Further study
showed that stimulation with TCP extracts significantly
inhibited the gene expression and protein production of

EZH1 when compared to the control group (Figures 3(a)
and 3(b)).

In order to confirm the role of EZH1 during macrophage
polarization, we silenced EZH1 in Thp1 cells with siRNA
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Figure 2: TCP facilitates M2 macrophage polarization. (a) Relative mRNA expression of TNF-α, IFN-γ, CD206, and ARG1 of Thp1
stimulated by control medium, LPS, IL-4, and TCP extract. (b) Relative mRNA expression of TNF-α, IL-1α, CD206, and IL-10 of Thp1
stimulated by TCP extract at different time points. ∗p < 0 05, ∗∗p < 0 01, ∗∗∗p < 0 001, and ∗∗∗∗p < 0 0001.
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Figure 3: Inhibition of EZH1 caused by TCP stimulation facilitates M2 macrophage polarization. (a) Relative mRNA expression of EZH1 of
Thp1 stimulated by TCP extract at different time points. (b) Western blot of EZH1 expression of Thp1 stimulated by TCP extract at different
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stimulation by TCP extract. ∗p < 0 05, ∗∗p < 0 01, ∗∗∗p < 0 001, and ∗∗∗∗p < 0 0001.
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(Figures 3(c) and 3(d)). By analysing gene expression of mac-
rophagepolarizationmarkers, itwas found that siEZH1signif-
icantly inhibited M2 macrophage polarization (Figure 3(e)).

3.4. The Inhibition of EZH1 Expression Is Associated with the
Inhibition of the NF-κB Pathway. Data from several studies
have also identified a role of the NF-κB pathway during mac-
rophage polarization [1]. In the process of M1 polarization,
the NF-κB pathway is activated, which activates the tran-
scription of M1-associated factors such as TNF-α and IFN-
γ. Since the stimulation of TCP affects macrophages in less
than 1h, significant inhibition of p-p65 (one of the markers
of NF-κB pathway activation) was found (Figure 4(a)). How-
ever, after the silencing of EZH1, there was no significant dif-
ference between the siEZH1 group and the control group
(Figure 4(b)). We therefore hypothesized that the NF-κB
pathway may be responsible for the inhibition of EZH1.

In order to determine the role of the NF-κB pathway dur-
ing EZH1 inhibition, an inhibitor for the NF-κB pathway
(BMS-345541) was utilized. It was found that it significantly
affected the potency against IKK-1 and IKK-2 and subse-
quently inhibited the phosphorylation of p65. When treated
with BMS-345541, the expression of EZH1 was significantly
downregulated (Figure 4(c)), and since the NF-κB pathway
was inhibited, M2 macrophage polarization was upregulated
(Figure 4(d)).

4. Discussion

The function of biological materials is associated with their
mechanical and physicochemical properties [24]; however,

their osteogenic effect is mainly dependent on their histo-
compatibility once implanted into host tissues. When a bio-
material is implanted, the body’s immune system responds
quickly, causing a brief, acute inflammatory response that
leads to adaptive immunity [25]. The traditional view of the
body’s immune response is seen as a role of negative regula-
tion to tissue repair function of biomaterials [26]. Recently,
however, more studies have found the other sides of the
immune regulation to tissue repair.

Macrophages are a group of well-known antigen-
presenting cells. During tissue repair, they participate in
almost every biological process after biomaterial implanta-
tion including the initial immune process, angiogenesis, mes-
enchymal stem cell recruitment, and differentiation [27–29].
Many in vivo studies have now shown that M1 macrophages
dominate in the early process of tissue repair, while the M2
phenotypes are produced later during the process. Macro-
phages are however able to specifically polarize under various
stimuli to either M1 (proinflammatory) or M2 (anti-inflam-
matory) phenotypes [29].

When it comes to biomaterials as TCP, cells derived from
the monocyte/macrophage lineage is well known to be one of
the first cell types contacting with biomaterials implanted [3].
As shown in Figure 1(b), here, they are able to specifically
polarize under various stimuli to either M1 or M2 pheno-
types or differentiate into osteoclasts or mutinucleated osteo-
clasts around TCP during TCP resorption [30]. There have
been various previous papers that characterized these osteo-
clasts as foreign body giant cells which are associated with
biomaterial rejection. Therefore, more recently, phenotypes
of these osteoclasts have been associated with tissue
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Figure 4: The inhibition of EZH1 expression is associated with the inhibition of the NF-κB pathway. (a) Western blot of the NF-κB signalling
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regeneration and wound healing by researches demonstrat-
ing that even mutinucleated osteoclasts may be characterized
as a tissue repair phenotype by demonstrating release of M2-
related cytokines and growth factors [31].

In the present study, a positive role of macrophages in
regulating bone repair was observed in response to TCP
both in vivo and in vitro. Our results showed that macro-
phages gathered around TCP particles early during the bone
repair. Once adhered, they express many surface molecules
and cytokines that influences the surrounding microenvi-
ronment. To better understand the influence of TCP on
macrophage polarization, we stimulated Thp1 cells with
extracts from TCP in vitro. The result demonstrated a
decreased expression of M1 marker genes (IFN-γ, TNF-α)
while an increased expression of M2 markers (TGF-beta,
VEGF) was observed.

Histone methylation plays a crucial role in macrophage
polarization [32], but the epigenetic mechanism in the pro-
cess mediated by TCP remains unclear. Previously, our
research group found that EZH1 could regulate NF-κB target
genes through a nonclassical complex that was associated
with SUZ12 and UTX. It was revealed that the polarization
process of macrophages was mainly activated by the corre-
sponding transcription factors through the NF-κB and
JAK-STAT pathways [1]. After activation, many transcrip-
tion factors bind to promoter regions of M1 marker genes
and begin their transcription [33]. In our study, we also
observed that NF-κB was repressed following stimulation
with TCP extracts.

Classic NF-κB consists of P50 and RelA (P65); the bind-
ing site of RelA 5′-AGAAATTCC-3′ was found in the pro-
moter region of EZH1 gene sequence, but to date, there is
no proof regarding the regulation of NF-κB to EZH1 [34].
Therefore, we blocked NF-κB with BMS-345541, an inhibitor
of the NF-κB pathway, and found that the expression of
EZH1 decreased significantly with/without TCP stimulation.
EZH1 belongs to the polycomb family, which can compen-
sate the function of EZH1 in the PRC2 complex to catalyze
H3K27me3 through the SET domain, leading to gene tran-
scription inhibition. To investigate the role of EZH1 during
macrophage polarization, we silenced EZH1 with siRNA.
The expression of M1 markers including TNF-α and IFN-γ
was both significantly decreased with or without TCP stimu-
lation, which implied a positive role for EZH1 during the pro-
cess of macrophages polarizing towards the M1 phenotype.
We assume that there may be two potential mechanisms
regarding the function of EZH1 as follows: (1) according to
our previous study, EZH1 may interact with NF-κB on the
promoter regions of NF-κB target genes, which is associated
with M1 macrophage polarization and (2) as a marker for
gene inhibition, EZH1 may target proximal sites on the pro-
moter region of Tollip, a transcription factor that suppresses
the NF-κB pathway [35], which results in an enhancement of
the NF-κB pathway.

5. Conclusions

In the present study, it was found that TCP suppressed the
activation of the NF-kappa B pathway and caused a decrease

in EZH1 expression. The reduction of EZH1 impacted the
downregulation of M1 marker genes, which resulted in a
lower expression of M1 cytokines. These lower proinflamma-
tory factors promoted a local microenvironment more
favourable for bone regeneration. EZH1 seems to play an
important role during the process of macrophage polariza-
tion and therefore might be an ideal target gene for future
therapies aimed at modifying macrophage polarization fol-
lowing biomaterial implantation into host tissues.
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The meniscus plays a vital role in protecting the articular cartilage of the knee joint. The inner two-thirds of the meniscus are
avascular, and injuries to this region often fail to heal without intervention. The use of tissue engineering and regenerative
medicine techniques may offer novel and effective approaches to repairing meniscal injuries. Meniscal tissue engineering and
regenerative medicine typically use one of two techniques, cell-based or cell-free. While numerous cell-based strategies have
been applied to repair and regenerate meniscal defects, these techniques possess certain limitations including cellular
contamination and an increased risk of disease transmission. Cell-free strategies attempt to repair and regenerate the injured
tissues by recruiting endogenous stem/progenitor cells. Cell-free strategies avoid several of the disadvantages of cell-based
techniques and, therefore, may have a wider clinical application. This review first compares cell-based to cell-free techniques.
Next, it summarizes potential sources for endogenous stem/progenitor cells. Finally, it discusses important recruitment factors
for meniscal repair and regeneration. In conclusion, cell-free techniques, which focus on the recruitment of endogenous stem
and progenitor cells, are growing in efficacy and may play a critical role in the future of meniscal repair and regeneration.

1. Introduction

The meniscus is a fibrocartilaginous structure that rests in the
joint space between the femoral condyle and tibial plateau
cartilage [1] and ensures normal knee joint function [2].
The meniscus is prone to injury, and the incidence of these
injuries has been increasing [3]. These types of injuries are
challenging to treat, as the inner regions of the meniscus

are avascular [4, 5]. If left untreated, injuries in the avascular
region will not heal and will inevitably lead to the develop-
ment of osteoarthritis (OA) [6–8]. The development of tissue
engineering and regenerative medicine techniques has pro-
vided new hope for the treatment of meniscal defects [9].

Meniscal tissue engineering and regenerative medicine
typically use one of two techniques, cell-based or cell-free.
In cell-based strategies, repair is done using cellular scaffolds,
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seed cells, or the application of biochemical and biomechan-
ical stimuli [10]. Cell-based strategies often rely on the
expansion of seed cells in vitro, before implantation of the
cell-scaffold composite. This step is slow and prone to com-
plications including cell contamination, cell dedifferentia-
tion, and the transmission of disease [11, 12]. Cell-free
strategies do not use cell culture, reducing both cost and time
to treatment [12]. Therefore, cell-free techniques may have a
wider clinical application than cell-based techniques.

Cell-free techniques recruit endogenous stem/progenitor
cells to participate in the repair process [13, 14]. Many tissues
and organs preserve endogenous stem/progenitor cells
throughout their lifespan [15]. After an injury, the local
endogenous stem/progenitor cells can be stimulated and
recruited to the injured sites, where they gradually restore tis-
sue structure and organ function [16]. Therefore, successful
cell-free strategies for meniscus repair and regeneration
require application of the appropriate stimulation and
recruitment factors [17, 18].

Knowledge of the exact cellular mechanisms for stimulat-
ing these endogenous cells is of great importance for tissue
repair and regeneration [19]. First, local endogenous stem/
progenitor cells must be stimulated in a manner similar to
that during tissue injury. These cells must then migrate to
the injured site, proliferate, and differentiate. Finally, they
must mature and restore tissue function. The critical ques-
tions for cell-free strategies are as follows: (1) where are these
endogenous cells located and (2) what are the best mecha-
nisms to recruit them? Many studies have been conducted
focusing on these two questions. Several have shown that
growth factors, chemokines, human serum (HS), and
platelet-rich plasma (PRP) may all have a positive effect on
cellular migration. Others have found that specific cell
markers such as proteoglycan 4 (PRG4) or growth/differenti-
ation factor 5 (GDF-5) play an important role in cartilage
repairing and regeneration following knee joint injuries.

This review will summarize existing cell-free techniques
for meniscus repair and regeneration, specifically those that
recruit endogenous stem/progenitor cells. We first present a
systematic analysis and comparison of cell-based and cell-
free techniques. Next, we summarize potential sources for
endogenous stem and progenitor cells. Finally, we discuss
important recruitment factors for meniscal repair and
regeneration.

2. Cell-Based Strategies for Meniscus Repair
and Regeneration

Cell-based strategies include the use of seed cells, cellular
scaffolds, and biomechanical or biochemical stimuli. These
strategies make up the bulk of classic meniscus tissue engi-
neering techniques. Numerous combinations of seed cells
and scaffolds have been used. In the native meniscus, both
the cell types and ECM components are heterogeneous and
vary by region [20–22]. Cells in the inner region show
chondrocyte-like morphology and are surrounded by 60%
type II collagen and 40% type I collagen. Cells in the outer
region are fibroblast-like and are embedded in an extracellu-
lar matrix (ECM) composed of 90% type I collagen. On the

surface of the meniscus are fusiform cells that secrete lubri-
cin. Lubricin is chondroprotective and can prevent wear-
induced cartilage degradation [23].

Cells taken from the meniscus itself may be the best seed
cells for promoting regeneration and repair. Martinek et al.
used autologous fibrochondrocytes to seed a collagen-
meniscus implant (CMI). The seeded CMI was then
implanted into a sheep model of joint injury [24]. Their
results showed greater macroscopic and histological
improvement in the seeded CMI group when compared to
the nonseeded CMI group. Esposito et al. seeded allogeneic
fibrochondrocytes into PLDLA/PCL-T (poly(L-co-D,L-
lactic acid)/poly(caprolactone-triol)) scaffolds to repair
meniscal defects in a rabbit model of joint injury [25]. They
showed that these biosynthetic polymer scaffolds restored
biomechanical function, could promote fibrocartilaginous
tissue formation, and may have prevented articular cartilage
degeneration. They also noted that this process was slow
and that meniscus regeneration and articular cartilage
protection may only occur over long time periods. Finally,
Baker et al. showed that human meniscus cells seeded into
a scaffold of aligned nanofibers could improve the in vitro
biochemical and mechanical properties of tissue-engineered
implants [26].

Chondrocytes may also be a viable cell type for use in
meniscal tissue engineering. Several studies have shown that
chondrocytes possess an excellent capacity to regenerate and
have high cartilage-specific ECM expression. As well, chon-
drocytes may be harvested from the articular cartilage, rather
than from the meniscus itself, reducing trauma to the already
damaged meniscus in patients with these types of injuries
[27]. Kon et al. completely replaced the native meniscus with
a tissue-engineered construct consisting of autologous chon-
drocytes seeded into a hyaluronic acid/polycaprolactone
scaffold. They showed that seeding the scaffold with autolo-
gous chondrocytes enhanced meniscal regenerative capacity
and resulted in improved in vivo fibrocartilaginous tissue for-
mation [28]. Peretti et al. used autologous chondrocytes
seeded into devitalized allogenic meniscal slices to regenerate
a longitudinal tear in the avascular portion of the meniscus in
a pig knee injury model. Histological and histomorphometric
analysis showed multiple areas of healing in specimens taken
from the experimental group [29]. Jülke et al. demonstrated
that expanded autologous chondrocytes in combination with
a porcine collagen membrane improved the healing of avas-
cular zone tears when compared to conventional suture
repair in a goat knee injury model [30]. Scotti et al. showed
that using a chondrocyte-fibrin hydrogel as biologic glue
could promote healing between two porcine meniscal slices
in a nude mouse model of knee injury [31]. Finally, Forriol
et al. showed that the introduction of autologous chondro-
cytes alongside conventional trephination and suture tech-
niques improved the healing avascular zone tears in an
ovine knee injury model [32].

Cell-based meniscal regeneration strategies that use stem
cells have also been extensively studied. Of note, mesenchy-
mal stem cells (MSCs) have been intensively investigated
since their initial discovery [33–35]. MSCs can be derived
from many tissues including bone marrow, adipose, and
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synovium. Once isolated, MSCs have the unique capacity to
differentiate into many mature, terminally differentiated cell
types including osteoblasts, chondrocytes, adipocytes, and
other types of connective tissue [36]. The specific role of
MSCs in tissue regeneration and repair remains controversial
[37–40]. Some studies have suggested that MSCs secrete a
variety of trophic factors that enhance cellular viability and
cellular proliferation and reduce cell apoptosis. It is possible
that these factors even modulate immune response to
some extent [41]. Several studies have shown that MSCs
derived from a variety of connective tissues demonstrated
remarkable efficacy in promoting meniscus regeneration
and repair (Table 1).

Several additional cell-based strategies including cell
coculture, zonal recapitulation, or scaffold-free tissue
engineering methods have also been extensively explored
[53, 54]. However, many of these studies were conducted
in vitro [55]. Further in vivo study is required to investigate
the potential clinical application of these techniques to
meniscus regeneration and repair.

3. Cell-Free Strategies for Meniscus Repair
and Regeneration

Cell-free strategies for meniscus repair and regeneration may
avoid many of the limitations and pitfalls of cell-based strat-
egies. Therefore, cell-free strategies may have a broader clin-
ical application. There are two kinds of cell-free meniscal
scaffolds currently in clinical use: (1) the collagen meniscus
implant (CMI; Ivy Sports Medicine, Montvale, NJ) and (2)
the Actifit scaffold (Orteq, London, England) [56]. Both have
been shown to reduce pain and improve knee function when
used to treat partial meniscal defects. The CMI is produced
using purified type I collagen taken from bovine Achilles ten-
dons, which is mixed with hyaluronic acid and chondroitin
sulfate [57]. In clinical trials, the CMI scaffold was shown
to reduce knee pain and enhance knee joint functional scores
in appropriately selected patients over a 24-month follow-up
period [58]. The Actifit scaffold is made of poly-ε-caprolac-
tone acid and polyurethane and has shown favorable biome-
chanical capacity, due to its slowly absorbed, highly

interconnected, and porous structure [59]. Together these
characteristics were found to promote cellular migration
from the remaining meniscal rim, resulting in the formation
of neomenisci. A two-year, prospective case-series study
demonstrated that Actifit promoted meniscal regeneration
and that the regenerated meniscus prevented OA progression
in the knee [60].

Our group and others have shown that biologically
derived cell-free scaffolds can promote meniscal regenera-
tion. In a study conducted by our lab, we combined
acellular meniscus extracellular matrix (AMECM) and
demineralized cancellous bone (DCB) to fabricate a three-
dimensional porous AMECM/DCB composite scaffold [61].
This AMECM/DCB composite scaffold showed excellent
biomechanical and biocompatibility characteristics. The
AMECM/DCB scaffold was then implanted into medial
meniscal defects in a rabbit model of knee injury.
Outcomes were compared to a total meniscectomy group.
Six months after implantation, the AMECM/DCB scaffold
group showed meniscal regeneration and the prevention
of articular cartilage degeneration. Similarly, Merriam
et al. fabricated a biomechanically functional scaffold
mimicking the microstructure of the native meniscus
[62]. These scaffolds were made of a type I collagen and
hyaluronic acid sponge and reinforced with a tyrosine-
derived, biodegradable polymer. Previous studies had
shown that these scaffolds could convert a portion of the
axial compressive load produced at the knee by body
weight into circumferential tensile loads in a manner
similar to that of the native meniscus. Implantation into
ovine models of knee injury demonstrated that these novel
fiber-reinforced meniscal scaffolds could act as functional
meniscal substitutions and protect the articular cartilage
from further degeneration following total meniscectomy.
Recently, a 52-week study has reinforced the conclusion that
these meniscal scaffolds could successfully regenerate the
meniscus and protect articular cartilage from damage [63].

A variety of growth factors and small proteins may also
contribute to meniscal regeneration. Lee et al. used spatially
released human growth factors loaded onto the surface of a
three dimensionally (3D) printed PCL meniscus scaffold to

Table 1: Stem cell-based strategies for meniscus regeneration.

Animal model Cell source Observation time Authors

Rats Human BMSCs 8 weeks Yuan et al. [42]

Rabbits Autologous BMSCs 24 weeks Zhang et al. [43]

Rats Allogeneic BMSCs 8 weeks Qi et al. [44]

Rabbits Allogeneic ADSCs 7 months Moradi et al. [45]

Rabbits Allogeneic ADSCs 12 weeks Toratani et al. [46]

Rabbits ADSCs 12 weeks Qi et al. [47]

Pigs Allogeneic SMSs 16 weeks Hatsushika et al. [48]

Pigs Allogeneic SMSs 12 weeks Nakagawa et al. [49]

Rats Allogeneic SMSs 8 weeks Ozeki et al. [50]

Rabbits IPFP 8 weeks Oda et al. [51]

Rabbits Human T-MSCs 10 weeks Koh et al. [52]

BMSC: bone marrow-derived mesenchymal stem cells; ADSCs: adipose-derived mesenchymal stem cells; SMSs: synovium-derived mesenchymal stem cells;
IPFP: infrapatellar fat pad; T-MSCs: tonsil-derived mesenchymal stem cells.

3Stem Cells International



regenerate a functional, heterogeneous meniscus in a sheep
model [64]. Human connective tissue growth factor (CTGF)
and transforming growth factor-β3 (TGFβ3) were differen-
tially coated onto the inner and outer zones of the PCL scaf-
fold. Following implantation of the scaffold, the resulting
regenerated meniscus displayed zone-specific ECM proper-
ties, with newly formed type I collagen in the outer zone
and newly formed type II collagen in the inner zone. This dis-
tribution was similar to that of the native meniscus. The
authors speculated that meniscal regeneration may be driven
by the remaining native meniscus, as well as synovium stem/
progenitor cells. Pan et al. demonstrated that the conditional
deletion of the EGFR gene increased partial meniscectomy-
induced ECM secretion in a mouse model. This increase
was equivalent to that seen when using the EGFR inhibitor
gefitinib [65]. They combined intra-articular delivery of gefi-
tinib with the implantation of a collagen scaffold to repair
meniscal defects in a rabbit meniscectomy model. Their
results showed that this promoted both meniscal regenera-
tion and prevented OA development.

Platelet-rich fibrin (PRF) is also being used in clinical
practice [66–68]. Wong et al. showed that PRF enhanced cel-
lular migration and promoted both meniscocyte prolifera-
tion and meniscocyte ECM secretion in vitro [69]. PRF has
also been proven to promote meniscal repair in a rabbit
meniscal defect model. These studies show that cell-free tech-
niques using PRF represent a novel approach to meniscal
regeneration and repair.

4. Endogenous Stem/Progenitor Cells
Involved in Meniscus Repair
and Regeneration

The use of endogenous stem/progenitor cells in meniscal
regeneration and repair remains controversial. Still, several
recent studies have shown that endogenous stem/progenitor
cells derived from the outside of the meniscus or synovium
may be responsible for healing following injury.

Meniscal tears in the vascular region typically heal much
better than those in the avascular region [70]. Osawa et al.
attempted to explore the potential mechanism of this healing.
They hypothesized that the vascular region may possess a
richer supply of vascular-derived stem cells. Their work
showed that in both adult humans and human fetuses, the
avascular region had fewer cells expressing CD34 and
CD146 than the outer vascular region [71]. Meniscal cells
positive for CD34 and CD146 displayed the potential for
multilineage differentiation and were more robust than cells
isolated from the avascular region. Finally, fetal CD34+ and
CD146+ cells, when injected into the knee joints of an athy-
mic rat meniscal tear model, mobilized into the injury site
and promoted meniscal repair. Therefore, perivascular stem
cells derived from peripheral meniscus may play a role in
the endogenous regeneration and repair process following
meniscal injury.

Seol et al. demonstrated that endogenous meniscus pro-
genitor cells (MPCs) could be found within meniscal defects
and that these cells possessed progenitor-like characteristics

[72]. MPCs exhibited low expression of cartilage ECM com-
ponents (CHAD, COL2A1, COL10A1, and COMP) and high
expression of progenitor cell markers (CD44 and Notch1).
Overall, the genes expressed by MPCs were similar to
those expressed by chondrogenic progenitor cells (CPCs).
Of note, MPCs expressed slightly higher levels of the pro-
inflammatory IL and CXCL genes and had higher expres-
sion of the protease gene MMP, then CPCs. These results
indicated that MPCs may promote inflammation and influ-
ence immune cell migration. Moreover, the CXCL and
MMP genes also promote endothelial and hematopoietic cell
migration. The expression of CXCL12, the gene encoding
stromal cell-derived factor 1 (SDF-1), was also upregulated
after meniscectomy and was shown to be involved in cell
homing following the intra-articular injection of human
MPCs. It is possible that meniscal injuries may not heal
spontaneously under normal circumstances but that heal-
ing may be induced through the application of chemotac-
tic agents and growth factors that regulate MPC migration
and differentiation.

Mesenchymal stem/progenitor cells (MSCs) in the syno-
vial membrane and synovial fluid have the potential to differ-
entiate into cartilage; however, whether these cells contribute
to cartilage or meniscus regeneration in vivo is still a matter
of debate. Kurth et al. used iododeoxyuridine (IdU) and
chlorodeoxyuridine (CIdU) in a double nucleoside analog
cell-labeling scheme, to identify the role of endogenous
synovium-derived stem cells in the in vivo repair of injuries
to the articular cartilage [73]. Their results showed that MSCs
resident in the knee joint synovium proliferate and undergo
chondrogenic differentiation after cartilage injury. In another
study, Decker et al. found that knee joint progenitor cells
could produce nonmigratory progeny and form distinct local
tissues in both the pre- and postnatal period, in a novel
GDF5CreERT2 (GDF5-CE), PRG4-CE, and Dkk3-CE mouse
model [74]. Progenitor cell tracing at juvenile stages has
shown that injury to the articular cartilage can induce a mas-
sive and rapid increase in PRG4+ and CD44+/P75+ cells
within the synovium and that these cells will later fill the site
of injury. These results provide evidence that synovial PRG4
+ progenitors may be exquisitely responsive to cartilaginous
injury in the acute phase and may be at the forefront of joint
tissue regeneration and repair.

During embryonic development, mesenchymal tissue
forms the joint interzone (JI). This tissue eventually contrib-
utes to the formation of the cartilage template that guides
limb development [75, 76]. This mesenchymal tissue is char-
acterized by the expression of a number of genes, including
growth and differentiation factor 5 (GDF5). Roelofs et al.
explored the role of GDF5 in joint development and cartilage
injury repair [77]. Using lineage tracing in a GDF5-Cre
mouse model, they showed that GDF5-expressing interzone
cells participated in synovial hyperplasia, were able to
migrate to perivascular regions with a high expression of
Nestin-GFP, and contributed to cartilage repair. Moreover,
they characterized the cofactor Yap as a critical transcription
factor and showed that it was highly expressed following car-
tilaginous injury. The conditional silencing of Yap in GDF5-
lineage cells inhibited synovial hyperplasia and reduced the
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overall contribution of GDF5-lineage cells to cartilage regen-
eration. Together, these results suggest that GDF5-expressing
cells may initiate and potentiate endogenous cartilage regen-
eration and repair.

Mak et al. showed that the intra-articular injection of Sca-
1+ GFP+ synovial cells into a C57BL6 mouse model of
cartilage injury led to cartilage repair after four weeks [78].
However, GFP expression was only observed at the injury
site two weeks after the initial insult and was completely
absent at four weeks. This study showed that endogenous
stem/progenitor cells derived from synovium, regardless of
strain background, were beneficial to cartilage regeneration
and repair.

5. Recruitment Factors for Endogenous Cell
Homing in Meniscal Repair
and Regeneration

A number of recruitment factors are important for endoge-
nous cell homing in meniscal regeneration and repair and
include growth factors, chemokines, PRP, and ECM. A wide
variety of growth factor-based strategies have been applied to
meniscal regeneration that take advantage of this property.
Work by Lee et al. showed that CTGF and TGF-β3, spatially
released from a 3D-printed scaffold, could recruit endoge-
nous stem/progenitor cells and promote meniscal regenera-
tion in a sheep model of knee injury [64]. PDGF-AB has
also been demonstrated to have a robust effect on cell migra-
tion. Qu et al. demonstrated that sequentially releasing active
collagenase followed by PDGF-AB could attract local menis-
cal cells and promote injury repair [79]. The effectiveness of
pretreating with collagenase suggests that ECM porosity
plays a significant role in cell migration, particularly through
connective tissue. Bhargava et al. have shown that both
PDGF and HGF have a chemotactic effect on meniscal cells
in vitro and that combined PDGF-HGFmay further promote
the repair of meniscal injuries [80]. Similarly, endothelin-1
(ET-1) and stromal cell-derived factor-1 (SDF-1) have also
been shown to stimulate cell migration and enhance meniscal
regeneration and repair [81, 82].

Fibroblast growth factor 2 (FGF-2) stabilized by incorpo-
ration into gelatin hydrogels (GHs) had shown the ability to
enhance the healing of meniscal tear in rabbit model [83].
These biodegradable gelatin hydrogels incorporating FGF-
2, on the one hand, may recruit endogenous stem cells to
the meniscus tear; on the other hand, GHs incorporating
FGF-2 can strongly enhance proliferation and inhibit the
death of meniscal cells. Ozeki et al. had shown that transplan-
tation of the Achilles tendon treated with BMP-7 displayed a
better meniscal regeneration and articular cartilage protec-
tion effect than those in the tendon transplantation alone
group in a rat model [84]. The addition of BMP-7 could
enhance the fibrocartilage differentiation of tendon cells
and meniscus-specific matrix biosynthesis. They convinced
that the regenerated meniscus was derived from both donor
and host cells by using LacZ-transgenic rat-tracing approach.
There is no doubt that the endogenous cells had involved in
the meniscus regeneration process. Furthermore, Forriol

et al. had attempted to use the BMP-7 mixed with a cellulose
putty carrier (OP-1 Putty®) to repair meniscus defects in the
avascular area in sheep model. The results had demonstrated
some migrated cells present inside the defects and nothing in
the control groups after 12 weeks [85]. One year later, their
groups also showed that BMP-7 associated with trephination
and suture approaches could enhance the healing process of
the longitudinal tears in the avascular meniscus in sheep
model [32]. To note, Zhang et al. had displayed that local
administration of simvastatin could activate the regeneration
of an avascular meniscus in the rabbit model [86]. They just
speculate that the simvastatin may directly recruit the endog-
enous stem cells or by the upregulation of BMPs to regener-
ate the meniscus defect.

In contrast, some inflammatory factors may inhibit cell
homing. McNulty et al. demonstrated that pathophysiologic
concentrations of both IL-1 and TNFα significantly reduce
cell migration and tissue formation at the meniscus interface
[87]. The addition of IL-1Ra or TNF mAb to explants could
potentially prevent the adverse effects of IL-1 or TNFα,
respectively, and may constitute a future strategy to promote
repair following meniscal injury.

Blood-derived products are a promising source for
autologous biochemical stimuli that may promote cellular
recruitment, proliferation, and differentiation. Several
blood-derived products including human serum (HS) and
various platelet concentrates have been extensively studied
both in vitro and in vivo, to determine their effects on
meniscal regeneration. Freymann et al. showed that solu-
tions of 10% HS, 5% conditioned plasma (ACP), and 5%
PRP all robustly attracted human meniscus cells [88].
PRP is produced by collecting platelet suspensions from
plasma and has a higher platelet concentration than blood
[89]. The release of alpha-granules from activated platelets
may play a role in the tissue regeneration process [90].
ACP was designed for direct application in clinic and is
characterized by a high platelet and low leukocyte concen-
tration when compared to PRP. In one study, the authors
explored the effects of HS and PRP on human meniscus
cells isolated from patients with early or advanced carti-
lage degeneration. They showed that the application of
2.5%–30% PRP or 10% HS resulted in meniscal cell
recruitment in both groups [91]. Similarly, Wong et al.
showed that platelet-rich fibrin (PRF) could promote cellu-
lar migration and enhance both the proliferation and ECM
synthesis of meniscocytes [69]. PRF is an autogenous
fibrin-based biomaterial. It avoids the primary disadvan-
tage of PRP, namely, that PRP typically given by injection
and even implanted with scaffolds may result in unex-
pected risk or lack integration.

Physical stimulation may also play a role in the recruit-
ment of endogenous cells and the promotion of meniscal
regeneration and repair. It is well known that the application
of electrical stimuli to the articular cartilage can promote
repair [92–94]. Similarly, Yuan et al. showed that electrical
stimulation could directly induce meniscus cell migration
and increase connective tissue strength [95].

Finally, biological scaffolds derived from ECM are widely
used for meniscal regeneration and repair. Reing et al. show
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that the degradation products of ECM scaffolds could be
modulators of the recruitment and proliferation of cell types
involved in the remodeling process [96].

6. Future Prospects for Meniscus Regeneration
and Repairing

There has been considerable innovation with regard to cell-
free techniques to promote repair and regeneration following
meniscal injury. Increasingly, these techniques have included
cell-free scaffolds. Nevertheless, it is important to explore the
growth factors that mobilize endogenous stem/progenitor
cells and promote repair. The spatial release of multiple
growth factors from scaffolds represents a promising future
avenue for scaffold design.

Recent studies have focused primarily on how to recruit
endogenous cells. Still, when the endogenous stem/progeni-
tor cells are at the site of injury, additional factors are
required to induce the cellular proliferation, differentiation,
and maturation that ultimately results in the regeneration
of functional tissue. The potentially regenerative mechanism
may be illustrated as Figure 1 based on the previous studies. It
is therefore necessary to fully uncover the specific endoge-
nous stem/progenitor cells that best promote meniscus repair
and regeneration. The use of genetically modified or gene
knockout animal models may aid in the study of both the
source of endogenous cells and the specific cell markers that
promote injury repair. The identification of these cells and
markers will allow for more accurate cell-free scaffolds to
be designed. Finally, the advent of 3D printing may allow
for the construction of meniscal scaffolds that are appropri-
ately heterogeneous and patient specific.

7. Conclusion

Injuries to the avascular region of the meniscus pose a signif-
icant clinical challenge. However, cell-free strategies for
recruiting the endogenous stem/progenitor cells that pro-
mote meniscal repair are a promising avenue for treating
these types of injuries. As the mechanisms underlying repair
are better understood, more effective cell-free scaffolds will

be produced with the goal of eventually achieving a full func-
tional regeneration of the meniscus.
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Bone remodeling, which is essential for bone homeostasis, is controlled by multiple factors and mechanisms. In the past few
years, studies have emphasized the role of the ubiquitin-dependent proteolysis system in regulating bone remodeling.
Deubiquitinases, which are grouped into five families, remove ubiquitin from target proteins and are involved in several
cell functions. Importantly, a number of deubiquitinases mediate bone remodeling through regulating differentiation and/or
function of osteoblast and osteoclasts. In this review, we review the functions and mechanisms of deubiquitinases in
mediating bone remodeling.

1. Introduction

The human skeleton undergoes continuous bone remodeling
throughout a lifetime [1]. This process initiates with the
destruction of mineralized bone, followed by the formation
and mineralization of a new bone matrix [1, 2]. This critical
process adapts bone architecture and strength to mechanical
needs as well as growth. Meanwhile, it repairs microdamage
of bone structure and maintains calcium homeostasis [1, 2].
Thus, bone remodeling is pretty important to general health.

To maintain bone homeostasis, bone remodeling is car-
ried out by three main cell lineages: osteoclasts, multinucle-
ated cells differentiate from macrophages and monocytes in
the human hematopoietic lineage, resorb mineralized bone,
and initiate the bone remodeling cycle [3]; osteoblasts, differ-
entiate from mesenchymal stem cells (MSCs), deposit, and
mineralize a new bone matrix [4]; osteocytes, which are the
most common cells divided from osteoblasts, serve as a sens-
ing and information transfer system [2]. These cells consti-
tute the basic multicellular unit (BMU) that carries out the
bone remodeling cycle. Based on current knowledge, bone
remodeling mainly involves the following phases: formation
of osteoclasts and resorption of bone, which initiates the
cycle; completion of bone resorption followed by recruitment
and differentiation of MSCs into osteoblasts; and bone

formation mediated by osteoblasts [2]. Thus, the differentia-
tion, function, and interaction of these BMU cells are critical
to regulate bone remodeling and maintain bone homeostasis.

Osteoclasts that trigger the bone remodeling cycle are
formed by the fusion of mononuclear progenitors in osteo-
clastogenesis [2]. They exist in a motile state during which
they migrate from the bone marrow to the resorption site
or a resorptive state performing their bone resorption func-
tion [5]. Osteoclasts are derived from the hematopoietic
lineage and regulated by several factors [6]. Among these
factors, M-SCF and RANKL produced by marrow stromal
cells and osteoblasts are essential to promote osteoclastogen-
esis [2]. Osteoblasts play a key role in bone formation. They
arise fromMSCs and their differentiation is mainly regulated
by transcription factor RUNX2 at the early time. They begin
to express osteoblast phenotypic genes and synthesize the
bone matrix at a later stage [7, 8]. Then osteoblasts are
embedded into the bone matrix as osteocytes or die at the
end of their destiny [9]. Several mechanisms including tran-
scription factors, growth factors, hormones, and the extracel-
lular matrix regulate these stages [7, 10]. In the last few
years, significant findings have unveiled the mysterious
role of the ubiquitin-dependent proteolysis system (UPS)
in regulating differentiation and function of osteoclasts as
well as osteoblasts [11–13].
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2. Ubiquitin-Dependent Proteolysis System

Ubiquitin is a highly conserved protein which is made up of
76 amino acids. It is linked to the lysine side chains of target
proteins, which results in monoubiquitination or polyubiqui-
tination of the protein. Polyubiquitylated proteins are
degraded within a cylindrical multiprotein complex that is
named proteasome [14, 15], while monoubiquitination has
a variety of ends except proteasomal degradation [14, 15].
For example, the adapter protein TRAF6 contains the RING
finger domain which could generate nondegradative K63-
linked ubiquitin and contribute to form signaling complexes
[16]. This is important to mediate RANK/TRAF6 signaling
[17]. To successfully add ubiquitin to target protein, three
enzymes involved in this process are essential. The E1 enzyme
that recruits ubiquitin is named ubiquitin-activating enzyme.
The E2 enzyme, called ubiquitin-conjugating enzyme, trans-
fers the ubiquitin to protein. The E3 enzyme, also known as
ubiquitin ligase, acts as a scaffold protein which interacts with
the ubiquitin-conjugating enzyme and transfers ubiquitin to
protein [18]. Consequently, the UPS affects multiple
processes such as protein degradation, cell death, vesicular
trafficking, signal transduction, DNA repair, and stress
responses [11, 14, 15, 19–23].

The ubiquitin-dependent proteolysis system plays an
important role in mediating bone remodeling. Initially, by
inhibiting the proteasomal function through proteasome
inhibitor I (PSI), study demonstrated that the UPS is an
important regulator of bone turnover and chondrogenesis
[24]. And administration of proteasome inhibitor Bortezomib
induced MSCs to undergo osteoblastic differentiation
partially bymodulation of RUNX2 inmice [25]. As a clinically
available proteasome inhibitor used in myeloma, Bortezomib
is also reported to promote osteoblastogenesis as well as
inhibit bone resorption in clinical studies [26, 27]. Following
studies demonstrated that these effects are mainly medi-
ated by inhibiting the proteasomal degradation of impor-
tant proteins, which regulate osteoblast function such as
β-catenin [28] and Dkk1 [26]. Another protein stabilized
by proteasome inhibitor is Gli2, which promotes bone
formation through upregulating bone morphogenetic
protein-2 (BMP2) [29, 30].

To date, studies investigating ubiquitin ligase and bone
remodeling have demonstrated that several E3 ubiquitin
ligases take part in regulation of bone metabolism. For exam-
ple, the first known ubiquitin ligase affecting bone formation
is Smuf1. Smurf1 has been proved to mediate RUNX2 degra-
dation, resulting in downregulated osteoblast differentiation
and bone formation [31–35]. Smurf1 also regulates the
degradation of Smad1 and downregulates BMP-induced
osteogenic differentiation of MSCs [35–37]. Moreover,
Smuf1 mediates JunB, MEKK2, and other molecule proteaso-
mal degradation, which causes the inhibition of osteoblast
differentiation [32, 38, 39]. Another important ubiquitin
ligase which regulates osteoblastogenesis is Cbl. It controls
osteoblastogenesis by controlling the ubiquitination and deg-
radation of receptor tyrosine kinases (RTKs), including
IGFR, FGFR, and PDGFR [40–43]. Cbl also interacts with
Pl3K to regulate bone formation [44–47]. Besides, Itch and

Wwp1 are demonstrated to regulate osteogenesis by promot-
ing RUNX2 degradation [48, 49]. On the other hand, E3
ligases also influence osteoclastogenesis and bone resorption.
The E3 ligase LNX2 promotes osteoclastogenesis through
M-SCF/RANKL signaling as well as the Notch pathway
[13]. Another ubiquitin E3 ligase RNF146 inhibits osteoclas-
togenesis and cytokine production via RANK signaling [50].
As there are over 600 E3 ligases expressed in the human
genome, lots of E3 ligases are found to regulate bone remod-
eling by governing BMU cell differentiation and function.

3. Deubiquitinases

Like other posttranslational modifications, the process of ubi-
quitination is reversible by the function of deubiquitinases
(DUBs) which remove monoubiquitin or polyubiquitin
chains from such ubiquitin-modified proteins [51]. Ubiquitin
itself is a long-lived protein [52, 53]; thus, it is necessary to
remove ubiquitin from proteins for maintaining a sufficient
pool of free ubiquitin in the cell to sustain a normal rate of pro-
teolysis. As key hydrolytic emzymes, DUBs hydrolyze the
peptide bond that links target protein and ubiquitin [54].
Deubiquitinases are modular proteins which contain catalytic
domains, ubiquitin binding domains, and protein-protein
interaction domains. Such modules make positive contribu-
tion to the recognition of and binding to various chain link-
ages [55]. To date, about 100 DUBs have been reported
to be encoded by the human genome [56, 57] (Table 1).
According to their catalytic domains, these DUBs can be
classified into five families including 4 thiol protease
DUBS (USP, UCH, OUT, and Josephin) and 1 ubiquitin
specific metalloproteases (JAMM) [54].

Deubiquitination has also been reported to be involved
in many cellular functions, including DNA repair, protein
degradation, cell cycle regulation, stem cell differentiation,
and cell signaling [58–69]. Besides, a number of articles
demonstrated that DUBs are essential for bone remodeling
through regulating related BMU cell differentiation and
function [69–78].

3.1. Ubiquitin-Specific Protease (USP) and the Bone. The
ubiquitin-specific protease family, which contains 56 mem-
bers in human, is the largest and most diverse family of the
DUB families. Consisting of 6 conserved motifs, these USP
catalytic domains vary between 295 and 850 residues [57].
Within these 6 motifs, there are two well-conserved motifs
that are named Cys-box and His-box. They contain all the
necessary catalytic residues [55, 57]. The structure of USP7
is the first well described with three subdomains resembling
like a right hand [79]. The thumb and the palm contain
Cys-box and His-box, respectively. The cleft between them
is the catalytic center. The finger domains can interact with
ubiquitin to transfer its C-terminal to the cleft [79]. Then
USP5 showed us how UBL domains inserted into a single
USP domain to provide additional ubiquitin binding sites
which make it possible for the enzyme to bind and disassem-
ble poly-Ub chains [80].

USP is reported to be involved in many cell functions.
Most importantly, as the largest family of DUB, USPs are
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found to regulate bone remodeling by controlling the
function of osteoblast, osteoclast, and even PTH.

3.1.1. USP and Osteoblast. USP4 is found to regulate osteo-
blast differentiation through the Wnt/β-catenin signaling
pathway [70]. The canonical Wnt signaling pathway is essen-
tial for osteoblast differentiation and bone formation. A study
demonstrates that USP4 inhibits this pathway by deubiquiti-
nating the polyubiquitin chain from Dvl, resulting in inhibit-
ing ofWnt signal and decreased osteoblast differentiation and
mineralization [70]. USP4 also deubiquitinates other Wnt
signaling components such as Nik and TCF4 [81]. There
are also findings indicating that USP4 positively controls
β-catenin stability by deubiquitinating, leading to the activa-
tion ofWnt signaling [82, 83]. Thus, further researches focus-
ing on USP4 and the Wnt signaling pathway are strongly
needed. Besides, USP4 is an important TGF/BMP signaling
pathway regulator [69]. After phosphorylation by AKT,
USP4 associates with and deubiquitinates ALK5, leading to
upregulation of TGFβ signal [84]. In accordance with this
finding, USP4 is also reported to interact with Smurf2 and
Smad7 [85]. Furthermore, USP4 stabilizes Smad4 through
inhibiting its monoubiquitination and enhances activin as
well as BMP signaling [86]. Because TGF/BMP signaling plays
a pivotal role in osteogenic differentiation of MSCs and bone
formation [87], future studies may reveal the essential role
of USP4 in control osteoblast differentiation and function
through regulating this signaling.

Recently, a study has revealed that USP7 is related to
osteogenic differentiation of human adipose-derived stem
cells (hASCs) [71]. Like MSCs, hASC is also a stem cell with
multilineage differentiation ability, including osteogenic dif-
ferentiation. USP7 depletion leads to impaired osteogenic
differentiation of hASCs. Overexpression of USP7 upregu-
lates hASC osteogenesis. Moreover, knockdown of USP7
results in impaired bone formation in vivo [71]. USP7 acts
to ubiquitinate and stabilize PHF8, an epigenetic factor
which is essential for stem cell fate determination [88, 89].
Importantly, PHF8 triggers osteogenic differentiation of
BMSCs [90]. Thus, the possible mechanism by which USP7
upregulates osteogenic differentiation of hASCs might be
that USP7 stabilizes PHF8. A further study is still needed to
uncover the actual mechanisms.

USP15, which is highly similar with USP4 [69], also is
involved in Wnt signaling and bone formation [91]. USP15

stabilizes β-catenin and enhances Wnt signaling. These
processes are initiated by FGF2, which activates MEKK2,
causing recruitment of USP15 [91]. USP15 is involved in
the TGF/BMP signaling pathway through connecting with
ALK3, ALK5, and monoubiquitylated R-SMADs [92–94].
Future studies might reveal the relationship among USP15,
TGF/BMP signaling, and osteoblast function.

Interestingly, USP9x, also known as fat facets in mouse
(FAM), is closely associated with the TGF/BMP cell signaling
pathway, a key signal pathway related to osteogenesis and
bone formation. USP9x hydrolyzes Smad4 monoubiquitina-
tion [95–97], enhancing TGF-β signal. Moreover, USP9x
interacts with the WW domain of Smurf1 and stabilizes it
[72]. As told above, Smurf1 plays a pivotal role in osteogenic
differentiation and bone formation [31–37]. Likely, USP11 is
also involved in the TGF/BMP signaling pathway by deubi-
quitylating ALK5 [98]. These data suggest the potential
direction of future studies.

3.1.2. USP and Osteoclast. USPs not only control osteogenic
differentiation and bone formation but also regulate osteo-
clast differentiation and function. For example, CYLD
inhibits osteoclastogenesis via downregulating RANK signal-
ing [99]. CYLD deubiquitylates TRAF6, which transduces the
RANK-mediated signal [99]. By this mechanism, CYLD
inhibits osteoclast differentiation, leading to severe osteopo-
rosis in vivo [99]. Using proteasome inhibitors, another study
also emphasizes the key role of CYLD in osteoclast formation
and function [100]. Furthermore, SCFβ-TRCP controls the
degradation of CYLD itself, which pinpoints SCFβ-TRCP/
CYLD as a pivotal modulator of osteoclastogenesis [101].

USP18 inhibits osteoclastogenesis in mice [77]. IFN
signaling negatively influences osteoclastogenesis [102]. Type
I IFN stimulates ISG, a ubiquitin-like protein, to express and
conjugate to its target ISGylation [103]. Research data dem-
onstrates that USP18 is a negative regulator of IFN signaling
via deconjugating ISGylation [104–106]. USP18 deficiency
leads to increased RANKL-mediated osteoclastogenesis,
resulting in osteopenia phenotype in vivo and in vitro [77].

USP15, which regulates osteoblast function and bone for-
mation, is connected to osteoclast function too [76]. USP15 is
the key DUB which cooperates with CHMP5 to stabilize
IκBα, leading to decreased RANKL-mediated NF-κB activa-
tion and osteoclast differentiation [76]. Taken together,
USP15 might be an essential regulator of bone remodeling.

Table 1: Members of deubiquitinases.

Family Members

USP

USPL1, CYLD, USP1, USP2, USP3, USP4, USP5, USP6, USP7, YSP8, USP9x, USP10, USP11, USP12, USP13, USP14,
USP15, USP16, USP17L2, USP18, USP19, USP20, USP21, USP22, USP23, USP24, USP25, USP26, USP27, USP28,
USP29, USP30, USP31, USP32, USP33, USP34, USP35, USP36, USP37, USP38, USP39, USP40, USP41, USP42,

USP43, USP44, USP45, USP46, USP47, USP48, USP49, USP50, USP51, USP52, USP53, USP54

OTU
OTUB1, OTUB2, OTUD1, OTUD3, OTUD4, OTUD5, OTUD6A, OTUD6B, OTU1,

HIN1L, A20, Cezanne, Cezanne2, TRABID, VCPIP1

UCH UCH-L1, UCH-L3, UCH37/UCH-L5, BAP1

Josephin ATXN3, ATXN3L, JOSD1, JOSD2

JAMM/MPN+ BRCC36, CSNS, POH1, AMSH, AMSH-LP, MPND, MYSM1, PRPF8
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3.1.3. USPs and PTH. In addition to some USPs that regulate
osteoblast and/or osteoclast function, there are also some
other USPs which collaborate with PTH to influence bone
turnover. USP2 was found to be stimulated by PTH in the
bone. These osteotropic agents, including PTH, PTHrP,
and PGE2, can stimulate USP2 expression selectively in the
bone through the PKA/cAMP pathway [107]. A further
study revealed that PTH (1-34) could upregulate the expres-
sion of USP2 and promote PTHR deubiquitination as well as
stabilization [108]. Recently, research data have demon-
strated that USP2 is necessary for PTH (1-34) to induce oste-
oblast proliferation [109]. These findings emphasize the
importance of USP2 in PTH mediating anabolic action of
bone formation. Another study focusing on the relationship
between miRNAs and the PTH level in end-stage renal dis-
ease patients demonstrates the close connection between
miR-3680-5p and the PTH level. Interestingly, the target
genes of miR-3680-5p are USP2, USP6, USP46, and DLT,
all of which are members of the UPS [110]. Taken together,
USPs may regulate bone turnover via the influence of PTH-
associated bone formation. In the future, studies about the
details of this interesting mechanism will be the focus.

3.2. Ubiquitin C-Terminal Hydrolase (UCH) and Bone
Formation. The members of the UCH family are several
thiol proteases which contain a 230-residue domain as a
catalytic core, an N-terminal, and followed by C-terminal
extensions which mediate protein to protein interactions
sometimes [54]. In human, four UCHs are grouped into
smaller UCHs (UCH-L1 and UCH-L3) that prefer to
cleave small leaving groups from the C-terminal of Ub
and larger UCHs (UCH37 and BAP1) that hydrolyze
polyubiquitin chains [54].

Like USPs, UCHs are also reported to have multiple func-
tions [111–113]. Importantly, UCH-L3 deubiquitylates
Smad1 and enhances osteoblast differentiation [73].
UCH-L3 physically interacts with Smad1 and stabilizes it
by deubiquitylating its polyubiquitin. UCH-L3 promotes
the differentiation of osteoblast from C2C12 cells, while
knockdown of Uch-l3 delays osteoblast differentiation [73].
Likely, UCH37 is found to connect to Smad7 and reverse
Smurf-mediated ubiquitination [114]. Moreover, UCH37
affects TGF-β signaling by connecting to ALK5 [115]. In all,
UCH37 influences TGF-β signaling that suggests the role of
UCH37 in regulating osteoblast differentiation and function.

3.3. Ovarian Tumor (OTU) and the Bone. The OUT family
was identified based on their homology to the ovarian tumor
gene [54]. In human, there are 15 OUTs that are usually
grouped into three subclasses: the otubains or OTUBs, the
OTUs, and the A20-like OTUs [54].

Among numerous functions of OTUs [116–120], A20
demonstrates the ability to regulate osteoclastogenesis
[78, 121, 122]. Bacterial lipopolysaccharides and RANKL
induce human peripheral blood mononuclear cells to express
A20, which is associated with TRAF6 and NF-κB degrada-
tion. Knockdown of A20 results in increased bone resorption
[121]. A20 has anti-inflammatory effects as well as antiosteo-
clastogenic effects [78, 122], which is mainly governed by its
attenuation of NF-κB signaling through regulating IKKs
[123]. Moreover, A20, which is recruited by Smad6 to
TRAF6, plays an important role in inhibition of noncanoni-
cal TGF-β signaling [124], indicating its possible regulation
of osteoblastogenesis via this main pathway. Besides, like
A20, OTUB1 is also involved in TGF-β signaling through
deubiquitination of the p-SMAD2/3 complex [125]. Studies

Table 2: Deubiquitinases and bone remodeling.

Family Name Function Mechanism Ref.

USP

USP4
Inhibits osteoblast differentiation

and mineralization
Regulates Wnt signaling by deubiquitinating Dvl, Nik, TGF4,

and β-catenin; may regulate TGF/BMP signal
[67–79, 81–85]

USP7
Enhances osteogenic differentiation

of hASCs
Stabilizes PHF8 that triggers osteogenic

differentiation of BMMSCs
[69, 86–88]

USP15
Enhances osteoblast-mediated

bone formation
Regulates Wnt signaling via deubiquitinating

β-catenin
[67, 89–92]

CYLD Inhibits osteoclastogenesis
Regulates RANK signaling through

deubiquitinating TRAF6
[97–99]

USP18 Inhibits osteoclastogenesis
Regulates IFN signaling by deconjugating

ISGlation
[75, 102–104]

USP15 Inhibits osteoclastogenesis
Stabilizes IκBα, leading to decreased
RANKL-mediated NF-κB activation

[74]

USP2
Necessary for PTH (1-34) to induce

osteoblast proliferation
Upregulated by the PKA/cAMP pathway

and stabilizes PTHR
[105–108]

UCH UCH-L3 Increases osteoblast differentiation
Interacts with Smad1 and stabilizes it by

deubiquitylating its polyubiquitin
[71]

OTU A20 Inhibits osteoclastogenesis
Regulates RANK signaling by controlling TRAF6

and NF-κB degradation
[76, 119–123]

JAMM
POH1 Enhances osteoclast differentiation Regulates Mitf [126]

MYSM1 Enhances osteogenic differentiation — [73, 127, 128]
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focusing on the function of OTUs in osteoclast differentia-
tion and function will reveal more details about the second
largest DUB family.

3.4. JAB1/MPN+/MOV34 (JAMM) and the Bone. There are
eight JAMM domain proteins in human, including PRPF8
without protease activity [51, 54]. All of JAMM DUBs are
found with subunit complexes of proteasome, such as the
proteasome 19S lid complex (POH1/hRpn11) and the
COP9 signalosome (CSN5/Jab1) [54]. As an endopeptidase,
RPN11 functions to cleave polyubiquitin chains from
substrates [126] While CSN5/Jab1 hydrolyzes the ubiquitin-
like modifier Nedd8 [127], POH1 enhances osteoclast differ-
entiation and RANKL signaling via regulating Mitf, an
important regulator of osteoclast differentiation which
required gene expression [128]. MYSM1, a member of the
JAMM family, is a histone DUB which specifically deubiqui-
tinates histone 2A [129]. MYSM1 deficiency leads to
decreased bone mass. MYSM1 deficiency results in impaired
osteogenic differentiation of both mouse MSCs and MC3T3-
E1 cell [75]. Recently, study demonstrates that MYSM1
deficiency impairs the potential for primary osteoblasts to
differentiate into mature osteoblasts. Meanwhile, MYSM1
knockout reduces the proliferation of osteoclast progenitor
and the osteoclast resorption activity [130]. With further
studies that might uncover the detailed mechanisms of
MYSM1 regulating osteoblast and osteoclast differentiation,
this DUB may be a potential therapeutic target for related
bone diseases.

The last member of DUBs is Josephin. There are four
proteins belonging to this family, including Ataxin-3,
Ataxin-3L, Josephin-1, and Josephin-2 [54]. Unfortunately,
current studies have not reported the relationship between
Josephin DUBs and skeleton cell differentiation and func-
tion. Further studies about the members of Josephin may find
novel mechanisms by which these DUBs regulate osteoblast
and osteoclast functions.

4. Perspective

The ubiquitin-dependent proteolysis system is crucial to
cellular functions including skeleton cell functions. The roles
of ubiquitin ligases in regulating osteoblast and osteoclast dif-
ferentiation are well studied, while studies about deubiquiti-
nating enzymes and skeleton cell differentiation are still
lacking. In order to delineate the ubiquitin-dependent prote-
olysis system to regulate bone remodeling, it is important to
establish our knowledge about DUBs and bone remodeling.
To date, several DUBs are found to regulate osteoblast func-
tion (USP4, USP7, USP9x, USP15, UCH-l3, and MYSM1)
and osteoclast function (CYLD, USP15, USP18, A20, and
POH1) (Table 2). But the mechanisms by which these DUBs
regulate skeleton cell functions are not exhaustively
described. Future studies should find more DUBs that are
involved in BMU cell function and bone remodeling. Impor-
tantly, the major challenge is to well describe the actual
mechanisms behind these phenotypes. With these novel
findings, drugs targeting these DUBs will be designed to treat
related skeleton diseases.
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Mesenchymal stem cells (MSCs) are multipotent stem cells characterized by self-renewal, production of clonal cell populations, and
multilineage differentiation. They exist in nearly all tissues and play a significant role in tissue repair and regeneration. Additionally,
MSCs possess wide immunoregulatory properties via interaction with immune cells in both innate and adaptive immune systems,
leading to immunosuppression of various effector functions. Numerous bioactive molecules secreted by MSCs, particularly
cytokines, growth factors, and chemokines, exert autocrine/paracrine effects that modulate the physiological processes of MSCs.
These invaluable virtues of MSCs provide new insight into potential treatments for tissue damage and inflammation. In
particular, their extensive immunosuppressive properties are being explored for promising therapeutic application in immune
disorders. Recently, clinical trials for MSC-mediated therapies have rapidly developed for immune-related diseases following
reports from preclinical studies declaring their therapeutic safety and efficacy. Though immunotherapy of MSCs remains
controversial, these clinical trials pave the way for their widespread therapeutic application in immune-based diseases. In this
review, we will summarize and update the latest research findings and clinical trials on MSC-based immunomodulation.

1. Background

Mesenchymal stem cells (MSCs) are nonhematopoietic stem
cells with multipotent properties and self-renewal capability.
In addition to bone marrow, MSCs can also be derived from
various tissues, including adipose, muscle, umbilical cord
blood, peripheral blood, liver, placenta, skin, amniotic fluid,
breast milk, synovial membrane, and tooth root [1, 2].

MSCs can act on immune and inflammatory responses
following bone marrow-derived MSC-induced T-cell sup-
pression [3]. In addition, MSCs stimulate metabolism, not
only through secreting a vast array of chemokines, growth
factors, and cytokines but also through production of many
secretomes and proteomes. These factors play an important
role in immunomodulatory activities, mediating hematopoi-
etic stem cell (HSC) engraftment, andMSC differentiation, as
well as regulating angiogenesis and apoptosis. [4]

Because of their remarkable properties for multipoten-
tial differentiation and immune mediation, there is poten-
tial for using MSCs as a novel therapy for many diseases
[5]. Furthermore, MSC-based clinical trials in multiple scle-
rosis, myocardial infarction, and type 1 diabetes mellitus
have been reported [6]. It has also been shown that using
soluble factors derived from MSCs improves treatment effi-
cacy for autoimmune disease, which has gained much
attention [7]. New insights into the immune-regulatory
capacities of MSCs have focused on inflammatory status
[8]. The interaction between MSCs and the inflammatory
niche furnish vast potential for using MSCs in the treat-
ment of all sorts of diseases, particularly disorders of the
immune system [9].

In this review, we will summarize MSC-modulated
immunoregulation through description of their constitutive
functions, secretion factors, basic functions in regulating
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immune responses, and clinical value with respect to immu-
nomodulatory treatments.

2. Characterization of MSCs

Mesenchymal stem cells have mesodermal lineage differen-
tiation potential and the potential to regulate tissue regen-
eration [10]. Major characteristics of MSCs include the
advantage of multilineage differentiation potential that can
generate adipocytes, chondrocytes, and osteocytes due to
expression of several pluripotency genes [11–13], thus
mediating tissue and organ repair, as well as replacing dam-
aged cells [14].

Currently, MSCs are regarded as a potential new therapy
for a variety of human diseases. Recently, studies have
focused on regulation of MSC fate with respect to their plur-
ipotency and differentiation to promote regenerative thera-
peutic development [15, 16]. Increasing numbers of clinical
trials are reporting the success of MSC-based immunomo-
dulation based on the measurement of soluble secretors
and their interaction with immune cells [17]. Treatment
with MSC transplants has attracted much attention based on
MSC engraftment studies over the past few years. More
importantly, increasing studies have attempted to apply MSCs
for the treatment of several autoimmune disorders, such as
multiple sclerosis, Crohn’s disease, graft versus host disease
(GVHD), and systemic lupus erythematosus (SLE) [18].

3. MSCs and Immune Modulation

In 2002, it was first shown that MSCs had the ability to mod-
ulate immunosuppression by Bartholomew and colleagues,
who demonstrated suppression of a mixed lymphocyte
response in vitro and prevention of rejection in a baboon skin
allograft model in vivo [19]. Since the immune response
properties of MSCs were first reported, subsequent studies
have shown that MSCs mediate immunosuppression in ani-
mal models and human.

Considering the promising preliminary clinical out-
comes, the mechanisms of MSC interactions with the
immune response as we currently understand them are
worth outlining. MSCs have the ability to interact with many
kinds of immune cells, including B cells, T cells, dendritic
cells (DCs), natural killer (NK) cells, neutrophil, and mac-
rophages [20]. Mechanisms of interaction were shown to
rely on cell–cell contact working in collaboration with secre-
tion of soluble immune factors to induce MSC-regulated
immunosuppression [21]. These specific modulators, includ-
ing a multitude of immune-modulatory factors, cytokines,
and growth factors, modulate inflammatory responses and
balance immune profiles [22]. Namely, soluble immune
secretomes, such as prostaglandin E2 (PGE-2), indoleamine
2,3-dioxygenase (IDO), or nitric oxide (NO), respond to
immune cells to activate immunoregulation by MSCs [23].

Adhesion molecules, intracellular secretomes, and the
main histocompatibility complex (MHC) antigens are all
required to induce immune suppression. Particularly T cells,
as well as the Fas ligand/Fas receptor interaction (FasL/FasR),
play a vital role in T-cell reaction function [24]. Extracellular

vesicles produced by MSCs accelerate generation of M2
macrophages and regulatory T cells, while at the same
time suppressing maturation of monocytes and proliferation
of T cells and B cells [17, 25].

MSCs also have the ability to regulate inflammatory
progress and repair damaged cells and tissues by adhering
to inflammatory sites [26]. MSC integration with inflamma-
tory actions can both fortify and restrain the immune
response and is dependent on the function of immune sup-
pressants, the kinds of inflammatory secretomes, and the
general condition of the immune system [27]. Interestingly,
MSCs only modulate immunosuppression when they are first
stimulated by inflammatory cytokines, such as tumor
necrosis factor (TNF) and interleukin- (IL-) 1 [28]. MSCs
not only respond to inflammatory cytokines but also pro-
duce immune-regulatory secretors that mediate the process
of inflammation. For example, a large number of indolea-
mine 2,3-dioxygenase (IDO) in humans, nitric oxide (NO)
in mice, and chemokines produced by MSCs play a key
part in MSC-mediated immunomodulation [29]. Further-
more, MSC secretomes, including growth factors hepato-
cyte growth factor (HGF) or tumor-specific glycoprotein
(TSG6), have been effectively utilized to treat immune
diseases [30]. MSCs themselves have also been used to
successfully treat patients with severe immune disorders,
including Crohn’s disease and SLE [31].

3.1. Immune Cells Interact with MSCs in Immunomodulation.
Both in vivo and in vitro studies have shown that MSCs pres-
ent their multipotency as a mediator of immunomodulation.
MSCs exert significant effects on immunosuppression by
refraining immune cells in both the innate and adaptive
immune systems (Table 1).

3.1.1. Innate Immunity. The innate immune system plays a
pivotal role not only in the adaptive immune reaction but
also in the elimination of pathogens targeted by an adaptive

Table 1: The function of MSCs in mediating immune cells both in
innate and adaptive immune systems.

Immune cell type MSC functions

Innate immune
systems

DCs
Inhibiting DC migration, activation,

differentiation, maturation, and endocytosis

NK cell
Inhibiting NK cell migration, proliferation,
differentiation, maturation, and activation

Macrophage
Activating M2 macrophage polarization in

general; activating M1 macrophage
polarization in specific microenvironment

Adaptive immune
systems

T cell
Inhibiting T-cell survival proliferation,

differentiation, maturation, and activation,
while accelerating T-cell recruitment

B cell
Inhibiting B-cell proliferation, differentiation,

maturation, chemotaxis, and activation
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immune response [32]. DCs, NK cells, and macrophages
constitute the innate immune system, and their interaction
with MSCs promotes regenerative processes and inhibits
inflammatory responses [33].

(1) Myeloid Dendritic Cells (DCs). Myeloid dendritic cells
(DCs) maintain and modulate immune responses through
acceleration of antigen-specific T-cell processes, as well as
activation of cells in the innate immune reaction following
DC maturation [34, 35]. Recent studies demonstrated that
MSCs have immunosuppressive functions on DCs in the
form of restraining DC differentiation from monocytes and
decreasing the cell-surface expression of CD1-α, CD40,
CD80, CD83, CD86, and MHCII [36]. After incubation with
MSCs, DCs would lose their capability to motivate lympho-
cytes by downregulating interferon-γ (IFN-γ) and TNF-α
expression as well as accelerating IL-10 release [37]. The
MSC-DC interaction is mediated by the Notch pathway
relied on IFN-γ-secretase [38]. The molecular mechanisms
of MSCs restraining DC maturation seem to be regulated
by PGE-2 [39]. In addition, MSCs have the ability to dam-
age the migration of DCs by suppressing molecules tied to
DCs and presenting antigens for activating T cells [40, 41].
MSCs can also depress the proinflammatory capacity of
DCs by inhibiting the formation of TNF [4]. Importantly,
the inhibitory effects of MSCs play a significant role in reliev-
ing some immune disorders, such as allograft rejection [38],
type 1 diabetes, and acute GVHD [42–44].

(2) Natural Killer (NK) Cells. Natural killer (NK) cells
produce proinflammatory cytokines and have cytolytic
activity [45].

MSCs inhibit the effects of NK cells with immunosup-
pressive secretors, such as PGE2, TGF-β, and sHLA-G, lead-
ing to induction of cytotoxic effects against virus-infected
cells and reduction of IFN-γ secretion [46]. This inhibitory
action is completed by suppressing the activating NK-cell
receptor expression, which is mediated by IDO and PGE-2
[47]. In addition to these findings, direct cell–cell contact also
plays a distinct role in suppressing NK cells, which is related
to expression of Toll-like receptor- (TLR-) 4 on MSCs [48].
MSCs promote cytotoxic movement by suppressing the
secretion of NKp30 and NKG2D, which are the surface
receptors related to NK-cell activation [49]. However, the
potent suppressive actions of MSCs were only apparent at
high MSC-to-NK ratios [46]. Furthermore, it has been dem-
onstrated that activated NK cells have the ability to dissolve
MSCs when there are enough activating receptors on NK
cells [50]. Together, these discoveries indicate that interac-
tion between MSCs and NK cells relies on the ratios of both
cells, as well as their microenvironment [3].

(3) Macrophages. It is well known that macrophages are
important cells in the innate immune system with significant
plasticity [51]. Based on the specific microenvironment of
MSCs, macrophages may be polarized into classically acti-
vated M1 macrophages or alternatively activated M2 macro-
phages [52]. Generally, M1 macrophages possess prominent
antimicrobial properties by releasing a variety of chemokines

and inflammatory cytokines, whereas M2 macrophages are
able to alleviate inflammation and expedite tissue repair via
secretion of IL-10 and trophic factors [53]. In addition, the
coculture of macrophages with MSCs induces production of
M2 macrophages, which upregulates the phagocytic activity
and secretion of IL-10, and downregulates levels of inflam-
matory cytokines, such as IFNγ, TNF-α, IL-1β, and IL-12
[54, 55]. Recent studies reported that MSCs facilitated mono-
cyte chemotactic protein-1 (MCP1) secretion by responding
to TLR4 ligation, then inducing monocyte emigration [56].
In a model of zymosan-induced peritonitis injury, human
MSCs activate peritoneal macrophages by secreting TNF-
stimulated gene 6 (TSG6), which regulates TLR2 nuclear fac-
tor-κB (NF-κB) signaling [57]. Additionally, MSCs have been
shown to ameliorate immune disorders and accelerate tissue
regeneration by increasing the concentration of macrophages
at locations of injury [58, 59].

3.1.2. Adaptive Immunity. The adaptive immune system has
its own distinct properties, specifically antigen-specific
immune response and immunological memory. The system
consists of CD4+ T helper and CD8+ cytotoxic T lympho-
cytes that transmit a suitable antigen-specific immune
response after antigen-presenting cells (APCs) undergo anti-
gen processing and presentation [32].

(1) T Cells. T cells are widely distributed in both animal and
human tissues and, once activated, can differentiate into T
helper (Th) 1, regulatory T cell (Treg) subpopulation, Th2,
Th9, or Th17, according to the intensity of stimulation and
the cytokine microenvironment [60, 61]. It has been demon-
strated that MSCs interact tightly with T cells [62]. More
importantly, as a key mediator of the adaptive immune
system, T cells modulate various autoimmune diseases and
protect organisms from infections and malignancies [63].

On the other hand, MSCs secrete a great quantity of
immunosuppressive factors, chemokines, and adhesion mol-
ecules, which are responsible for effective T-cell suppression,
involved in T-cell proliferation and apoptosis, as well as dif-
ferentiation [26, 64]. For example, MSCs are capable of
repressing T-cell proliferation through cellular or nonspecific
mitogenic stimuli [65] and promoting apoptosis of activated
T cells via the Fas/Fas ligand pathway [66]. MSCs constitu-
tively secrete coinhibitory molecule B7-H4 and HLA-G,
which present an immunosuppressive action on T cell and
influence their proliferation as well as T cell-mediated cyto-
toxicity [67]. However, the immunosuppressive capacity of
MSCs is not activated at all times and relies on the strength
and type of the inflammatory stimulation [68]. MSCs no lon-
ger restrain T-cell proliferation in the presence of pathogen-
associated molecules and TLRs such as TLR3 and TLR4
which damage Notch signaling, thereby recovering effective
T cell to respond to pathogens [69]. In addition, regulatory
T cells, as a specialized subset of T cells, restrain effects of
the immune system, leading to relieving their own antigens
and sustaining homeostasis [70].

(2) B Cells. B cells are the second major cell genre related
to adaptive immune responses. These cells resist and hunt
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down outside pathogens through the production of specific
antibodies [71, 72]. Both murine and human MSCs have
the ability to inhibit B-cell proliferation and activation
in vitro [73]. Additionally, MSCs also suppress differentia-
tion of B cells, as well as expression of chemokine receptors
owing to cell–cell contact and secretion of soluble molecules
[74]. Metalloproteinase-processed CC-chemokine ligand
2(CCL2) released by MSCs suppress signal transducer and
activator of transcription 3 (STAT3) activity, resulting in
downregulating Paired box 5 (PAX5), thereby inhibiting
immunoglobulin synthesis [75]. Several other signaling
pathways, such as p38, extracellular response kinase 1/2,
B lymphocyte-induced maturation protein 1 (Blimp1), and
Akt signaling also modulate B-cell activation [76]. However,
inadequate inflammatory signal-activated MSCs from
patients with SLE may support proliferation and differentia-
tion of antibody-releasing B cells [77]. Taken together, MSCs
suppress antibody production by B cells, and this effect is
dependent upon the strength of the inflammatory stimula-
tion, as well as the ratio of MSCs to B cells [78, 79].

3.2. Soluble Factors Secreted by MSCs in Immunomodulation.
MSCs could interact with immune cells in both the innate
and adaptive immune systems by secreting multiple soluble
immune factors to induce MSC-regulated immunosuppres-
sion [80]. During an immune response, a number of soluble
factors are released by MSCs, such as cytokines, growth
factors, hormones, and chemokines, which act on immune
cells and exert their functions by repairing damaged cells
or suppressing immunology activity [81, 82] (Table 2).
The inflammatory response is pivotal for MSCs to exert
effects on immunomodulation, owing to an inflammatory
cytokine-licensing process by MSCs. Consequently, the
immunoregulatory activities of MSCs require inflammatory
cytokines secreted by antigen-presenting cells and T cells,
which include interferon- (IFN-) γ, IL-1α, IL-1β, and TNF-
α [83]. These inflammatory cytokines can activate MSCs to
secrete immunosuppressive factors consisting of IDO,
TSG6, NO, IL-10, CCL2, galectins, PGE2, and TGF-β and
then modulating tissue homeostasis [13, 25].

3.2.1. Indoleamine 2,3-Dioxygenase (IDO). Recently, it has
been reported that indoleamine 2,3-dioxygenase (IDO)

mediates immunomodulation by suppressing various
immune cells, including T cells and NK cells [78, 84]. IDO
can restrain the proliferation and effect of immune cells by
transforming tryptophan into its metabolite kynurenine
[85]. Furthermore, IDO secreted by MSCs has the ability to
suppress allogeneic T-cell reactivity and promotes kidney
allograft tolerance [86]. In addition, IDO has been proposed
to be one of the representative immunosuppressive mole-
cules for human MSCs [78, 87].

3.2.2. TNF-Stimulated Gene 6 (TSG6). TNF-stimulated
gene 6 (TSG6) is a multifunctional protein with anti-
inflammatory effects [88]. Proinflammatory mediators, such
as TNF-a and IL-1, may stimulate the secretion of TSG6
[89]. It has been reported that microembolization induces
TSG6 to interact with damaged lung in a mouse model of
myocardial infarction. Thus, TSG6 plays a significant role
in reducing inflammation and infarct size, as well as enhanc-
ing cardiac function [7].

3.2.3. NO. In the presence of proinflammatory cytokines,
MSCs facilitate high expression of inducible NO synthase
(iNOS), which stimulates the secretion of NO, giving rise to
inhibition of T-cell proliferation [90]. Both in vivo and
in vitro studies showed that murine MSCs lacking iNOS
exhibited diminished inhibition capability [26]. Intriguingly,
high concentrations of NO may suppress immune modula-
tion and lead to immune cell apoptosis via inhibition of sig-
nal transducer and activator of transcription 5 (STAT5)
phosphorylation and signal transducer in T cells [90, 91].
However, NO is an extremely unstable oxidative molecule,
and both adhesion molecules and chemokines can assist it
in exerting immunosuppressive action [77, 92].

3.2.4. IL-10. IL-10 was reported to play a crucial part in MSC-
regulated immunosuppression [4]. Antigen-presenting cells,
including monocytes and dendritic cells, could work with
MSCs to induce secretion of IL-10 [93]. In addition, Macro-
phages can deliver large quantities of IL-10 by stimulation of
E prostanoid receptors, thereby protecting tissues against
migration of neutrophils [94].

3.2.5. CC-Chemokine Ligand 2 (CCL2). CC-chemokine
ligand 2 (CCL2), as a metalloproteinase-processed chemo-
kine, antagonizes the function of CC-chemokine receptor
2 (CCR2), which is the cognate receptor of CCL2 [95].
Binding of CCL2 to CCR2 has been shown to mediate
immunosuppression of MSCs by inhibiting activation and
migration effects on TH17 cells in experimental autoim-
mune encephalomyelitis (EAE) [96]. Furthermore, CCL2
secreted by mouse MSCs accelerates monocyte migration
from the bone marrow into the blood stream, verifying the
notion that MSC interaction with innate immune responses
affects the immune system [96].

3.2.6. Prostaglandin E2 (PGE2). Prostaglandin E2 (PGE2) is
another immunosuppressive factor secreted by inflammatory
stimulus-induced MSCs. PGE2 regulates immunosuppres-
sion of MSCs in T cells, DCs, NK cells, and macrophages
[83, 84]. In vitro, PGE2 produced by mouse MSCs restrain

Table 2: Biological function of soluble factor secreted by MSCs.

Soluble factors Biological function

IDO
Suppressing proliferation and effect

of immune cells

TSG6 Anti-inflammatory effect

NO
Suppressing proliferation and modulation of
T cell, promoting apoptosis of immune cells

IL-10 Suppressing apoptosis of immune cells

CCL2
Suppressing activation and migration of TH17

cells, promoting migration of monocyte

PGE2
Suppressing generation and migration

of TNF, proliferation of T cell, and cytolytic
activity of NK cell
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several cell functions, such as TNF generation and migra-
tion [97]. Additionally, in an experimental mouse model
of sepsis, IL-10-dependent PGE2 has been described to play
a significant role in treating effectively mice with MSCs
[83]. More significantly, PGE2 collaboration with IDO
exerts immunosuppressive actions in human MSCs, such
as inhibiting T-cell proliferation, as well as NK cell cytolytic
activity [84].

It seems that all these molecules exert their functions
in reliance on the inflammatory microenvironment. There-
fore, future research should focus on mediator mecha-
nisms that regulate the immunosuppressive characteristics
of MSCs, as well as their local microenvironments, which
will provide a broad perspective for therapeutic application
of MSCs [13].

4. MSC Clinical Applications in Immune-
Mediated Disease

Since MSCs derived from bone marrow were first suggested
for use in regenerative medicine owing to their stem cell-
like qualities, there have been many major studies on apply-
ing the multipotential capacity of MSCs in promoting trans-
planted HSC engraftment and facilitating damaged tissue
repair [98]. The immunosuppressive capacities of MSCs have
provided new insight for the treatment of immune-mediated
diseases. In addition to restraining immunocompetent cells
by suppressing their response to antigen and sustaining them
in a silent state, MSCs also promote peripheral tolerance [3].
In addition, MSCs could induce T-cell tolerance and damage
pathogenic T- and B-cell response.

MSCs bring new vitality to the study of various immune
disorder-related diseases and tissue regeneration through
their immune-regulatory properties. Some studies have veri-
fied that MSCs induce tissue regeneration in the liver [99],
kidney [100], and heart [101]. These damaged tissues
may be directly replaced by MSCs with multipotent dif-
ferentiation abilities. Additionally, MSCs can exert immune-
regulatory capabilities to treat immunological disorders by
decreasing inflammation and promoting tissue repair. For
instance, the inhibitory function of MSCs contributes to
relieving several immune disorders, including peritonitis,
endotoxemia, type 1 diabetes, type 2 diabetes, acute GVHD,
ischemia–reperfusion injury, acute liver injury, arthritis,
allograft rejection, and atherosclerosis [102].

In fact, a variety of immune disorder diseases, includ-
ing multiple sclerosis, Crohn’s disease, GVHD, SLEs, and
type 1 diabetes, have entered clinical trials for treatment
with MSCs [80]. Moreover, prochymal and cupistem prod-
ucts based on the immunomodulatory capabilities of
MSCs have been widely applied for disease therapy in a
number of disorders [103].

More importantly, recent preclinical and human studies
support the hypothesis that MSCs derived from allogeneic
donors could be utilized in clinical therapy [104]. Further-
more, in many subacute conditions, as in autoimmune dis-
eases, there is enough time to obtain and culture autologous
MSCs in vitro, whereas allogeneic MSCs may be the only
option for major acute conditions [105].

There have been over 700 MSC-based clinical trials regis-
tered on the National Institutes of Health (NIH) Clinical
Trial Databank (https://clinicaltrials.gov/) around the world
as of the end of October 2017. Surprisingly, although the
immunomodulatory capacities of MSCs have been only
recently confirmed, MSC-based therapies have quickly risen
in prominence among immunology disease treatments in
the past few years. There are 105 clinical trials related to the
immunomodulatory effects of MSC and 44 clinical trials
linked to graft enhancement, utilizing the immunosuppres-
sive functions of MSCs (Table 3).

To date, most of the MSC-based clinical trials related to
immunomodulation have been administered in China and
Europe, as well as the United States (Figure 1). The major
clinical indications within the clinical trial database consist
of multiple sclerosis/atherosclerosis (n = 31), Type 1 diabetes

Table 3: Clinical trials using mesenchymal stem cells (registered as
of October 26, 2017).

Indication Number of studies

Immunomodulation 105

Multiple sclerosis/atherosclerosis 31

Type 1 diabetes 18

Crohn’s disease 22

Systemic lupus (erythematosus/colitis) 11

Rheumatoid arthritis/Sjögren’s syndrome 7

Buerger’s disease/sickle cell disease 3

HIV 2

Limbus corneae insufficiency syndrome 1

Periodontitis 5

Progressive hemifacial atrophy 2

Retinitis pigmentosa 3

Graft enhancement 44

GvHD 41

Hematopoietic malignancies 3

All values have been extracted from https://clinicaltrials.gov/.

United States
Europe
China

Canada
Korea
Other countries

Figure 1: The clinical trial distribution of MSC-based
immunomodulation in the world. Up to now, most of the clinical
trials using MSCs for treating inflammatory or autoimmune
diseases have been conducted in the China, US, and Europe. All
values have been extracted from https://clinicaltrials.gov/.
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(n = 18), Crohn’s disease (n = 22), systemic lupus erythema-
tosus (n = 11), and GvHD (n = 41) (Table 1).

4.1. Graft versus Host Disease (GVHD). The first successful
MSC therapy case comprised infusion of MSCs obtained
from bone marrow into an IV for an acute GVHD-grade
patient with cyclosporine- and steroid-resistant features
[106]. HSC remains the most successful treatment among
all stem cell therapies [102]. However, in spite of the immu-
nosuppressive effects of allogeneic HSC transplantation,
immune rejection still causes 30–40% morbidity and mortal-
ity in GVHD therapeutic applications [107]. GVHD patho-
genesis includes an alloresponse to donor lymphocytes,
which leads to damage in multiple organs, especially liver,
skin, and gastrointestinal tract [108]. Importantly, the treat-
ment for GVHD using MSCs developed more quickly than
for other immune-based diseases [106]. Published reports
from completed clinical trials included the conclusion that
MSCs to treat GVHD decreased the 2-year mortality rate
[109]. These hopeful results provide valuable resources for
larger-scale clinical trials. Recently, the mesoblast has
received fast-track designation for MSC-100-IV for treat-
ment of steroid-refractory acute GVHD in children, so far
this allogeneic mesenchymal stem cell (MSC) product has
completed enrollment and topline results are expected in
2018. MSCs have their own advantages in the treatment of
GVHD; however, both strict standard MSC processing and
precise tailoring for patients are necessary to reach coherent
and repeatable results.

4.2. Crohn’s Disease. In the early 1990s, Crohn’s disease
patients were reported to experience relief from their inflam-
matory bowel disease following infusion of HSCs [110]. Sub-
sequently, the development of HSC transplantation has been
widely applied in Crohn’s disease therapy [111]. However,
serious adverse effects also accompanied HSC transplanta-
tion treatment. More importantly, MSCs have the privilege
of exerting immune-mediated actions without a requirement
for host-recipient matching, attributed to low expression of
HLA class I antigen and HLA class II antigen on MSC sur-
faces [57, 112]. Early phase studies have demonstrated that
allogeneic MSCs exert effects on luminal disease, while either
allogeneic or autologous MSCs exhibit efficacy on fistula dis-
ease [113]. A phase 3 study is now evaluating the efficacy of
allogenic adipose-derived MSC in 212 patients to treat refrac-
tory, perianal fistulizing Crohn’s disease. The primary end
point showed that remarkably more patients treated with
MSC had achieved complete closure of fistula at 24 weeks
[114]. In addition, TiGenix following phase 3 has successfully
achieved European Medicines Agency (EMA) approval for
their allogeneic MSCs being developed to treat complex
patients with Crohn’s disease. MSCs have extensive applica-
tion prospects for Crohn’s disease treatment, but future work
should focus on defining accurate phenotypic and functional
features of conducted cells.

4.3. Multiple Sclerosis (MS). Multiple sclerosis (MS) is a
CD4 T cell-modulated autoimmune disease dependent on
myelin-based protein (MBP), a protein discovered uniquely

in myelin sheaths [115]. Currently, MS is one of the most
prevalent autoimmune diseases mediated by CD4 T cells in
the central nervous system (CNS). Astonishingly, there are
2.3 million people influenced by this disease that has no cure
[116]. It has been demonstrated that MSCs exert productive
therapeutic effects in an EAE mouse model, one of the best
MS models [117]. Furthermore, both demyelinating regions
and lymphoid organs could be used to test the presence of
either human or mouse MSCs by intravenous infusion in
the EAE mouse model [117, 118]. Adipose-derived MSCs
decrease the symptoms of EAE and inflammation of spinal
cord and brain according to MSCs targeting in CNS and
lymphoid organs [119]. It has also been demonstrated that
intravenous administration of human MSCs could prolong
EAE mice life and ameliorate the disease by the mechanisms
of immunomodulation [120]. Various preclinical investiga-
tions have reported MSC therapeutic efficacy in animal
models for MS. Up to now, there have been 31 clinical tri-
als of MS registered on the NIH Clinical Trial Database
(Table 1), which are researching the MSC effectiveness and
adverse effects for treatment MS patients all over the world,
and a clinical trial has reported the validity of intravenous
administration of MSCs from autologous bone marrow
for patients with MS [121]. However, there are no signif-
icant positive achievements reached until now, though
conducting many phase I/II researches and further inves-
tigations are needed before they can be widely applied to
clinical treatment.

4.4. Type 1 Diabetes. Diabetes mellitus is a common meta-
bolic disease, with nearly 171 million adult patients around
the world [122]. Type 1A diabetes mellitus is characterized
by T cell-mediated autoimmune disorder, giving rise to the
destruction of pancreatic β cells, as well as decreasing
insulin secretion owing to existing anti-islet cell antibodies
[123]. Currently, insulin injections and blood glucose con-
trol is still the standard therapeutic methods for type 1
diabetes [124]. However, the urgent need for a new option
to treat type 1 diabetes is necessary due to the adverse
effects accompanied by insulin treatment and the difficul-
ties in maintaining metabolic balance.

In fact, compared with other stem cells, MSCs have more
advantages for therapeutic application in type 1 diabetes
owing to their immunosuppressive ability and multilineage
differentiation [125]. The preliminary results indicated that
MSCs derived from the umbilical cord blood reverse the
autoimmune that could regenerate islet beta cells and rein-
force glycemic control of type 1 diabetes [126]. Human bone
marrow-derived MSCs took effects on immune tolerance in a
mouse model transplanted with human islets [127]. Further-
more, Urban’s study has suggested that MSCs may be a new
way to treat insulin-dependent diabetes, and these encourag-
ing results in vivo and in vitro provide enthusiasm for MSC-
based theoretical use in clinical trials [128]. However, some
cautions should be focused on MSC transformation and
tumorigenicity with passages due to the gene mutation.

4.5. Systemic Lupus Erythematosus (SLE). Systemic lupus ery-
thematosus (SLE) is also a chronic autoimmune disease

6 Stem Cells International



characterized by a multiorgan inflammatory response [129].
Both the proinflammatory cytokine stimulation and autoan-
tibody complex production in SLE bring about activating
immune cells in both innate and adaptive immune systems.
Over the past 50 years, there is only one drug permitted by
the USA Food and Drug Administration (FDA) for the treat-
ment of SLE disease that remains controversial [130]. Conse-
quently, new treatments targeting immune intervention
would represent significant advantages for SLE patients.
Recently reports have suggested that extracellular vesicle
(EV) secreted fromMSCs could be used as a cell-free therapy.
The preclinical results showed MSC-derived EVs inhibit
inflammatory responses and suppress autoimmune disease
pathogenesis [131]. Most promising animal studies’ data
and clinical trials about SLE treatment promoted MSC appli-
cation in the therapy of SLE patients [131]. The Nanjing
Drum Tower Hospital in China has used MSCs to treat
over 300 refractory SLE patients. Their results showed
32.5% patients reached a significant clinical efficacy with
a well-tolerated safety and a dramatic decline in disease activ-
ity scores. And the group published that SLE patients trans-
planted with MSCs achieved remarkable effect and long-
term safety at a 4-year review [113]. However, some clinical
trials reported that MSCs convey tumorigenic potential,
and the immunosuppressive efficacy could be influenced by
donor alteration as well as ex vivo amplification. [102]

5. Controversy over Mesenchymal Stem
Cell Therapy

Currently, MSC treatment has already entered clinical trials
for the treatment of organ transplantations, tissue regenera-
tion, and autoimmune diseases [132]. Even though the
FDA appointed that MSC transplantation was safe, recent
researches stated that potential long-term risks involved
in MSC treatment may have not appeared in the short
term [133]. Many possible complications of MSC therapy
are associated with immunosuppressive properties of MSCs
on account of reduction of immunosurveillance to host and
foreign pathogens or virus [134]. Furthermore, autologous
MSCs may, in theory, induce tumors by changing the action
of cancer cells and accelerating tumor cell growth. In addi-
tion, allogeneic MSCs derived from donors may accelerate
infectious risk [135]. Notable questions need to be concen-
trated about MSCs on the durability of response and long-
term safety. For example, less is known about the route
administration of MSC home to the site of inflammation
and survival in tissues. Furthermore, delivery dose, safety
control, as well as optimized standards for MSC derivation
and amplification are also needed to be explored for the
better development of MSC-based clinical trials [136].

6. Conclusion

MSCs are multipotent progenitor cells with multilineage
differentiation potential and immune-modulatory proper-
ties. MSCs have the ability to interact with immune cells
both in innate and adaptive immune systems. In addition,
MSC-mediated immunosuppression is dependent on the

combined reaction of chemokines, inflammatory cytokines,
and effector factors secreted by MSCs, as well as the microen-
vironment and strength of the inflammatory stimulus [137].
In the past few years, emerging data have demonstrated
that MSCs exert immunoregulatory effects that provide a
promising tool for the therapy of tissue repair, inflammatory
diseases, and immune disorders [3]. MSCs showed unique
advantages and achieved significant improvements in the
therapy of immune diseases. Nevertheless, MSC-based treat-
ment does not always provide advantages according to
tightly interacting with the microenvironmental milieu.
The risks of MSC therapy conclude potential complica-
tions of immunosuppression, ectopical differentiation,
and promotion of tumor growth [138]. In consequence,
many issues need to be settled before clinical application of
MSCs [23]. Even though these immunomodulatory charac-
teristics are not entirely elucidated, the immunosuppressive
potential of MSCs makes them a promising therapy for
various autoimmune diseases [20]. We believe further inves-
tigation of MSC-based molecular mechanisms as well as
additional clinical trials will enhance our understanding of
MSC immunomodulation and aid in the development of
clinical applications utilizing MSC treatment [136].
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Marrow adipose tissue (MAT) is a unique fat depot in the bone marrow and exhibits close relationship with hematopoiesis and
bone homeostasis. MAT is distinct from peripheral adipose tissue in respect of its heterogeneous origin, site-specific
distribution, and complex and perplexing function. Though MAT is indicated to function in hematopoiesis, skeletal remodeling,
and energy metabolism, its explicit characterization still requires further research. In this review, we highlight recent
advancement made in MAT regarding the origin and distribution of MAT, the local interaction with bone homeostasis and
hematopoietic niche, the systemic endocrine regulation of metabolism, and MAT-based strategies to enhance bone formation.

1. Introduction

Bone is a dynamic organ undergoing constant remodeling,
where bone formation and resorption are tightly controlled
by local signals and systemic cues [1, 2]. The bone marrow
(BM) compartment provides a local microenvironment
crucial for bone remodeling [3]. BM is composed of
heterogeneous components including marrow stroma,
blood vessel, progenitors of hematopoietic and skeletal
lineages, and fibroblasts. The development of bone and BM
is accompanied by active hematopoiesis and osteogenesis
[3]. However, the formation and expansion of MAT are
often observed, as a consequence of impaired hematopoiesis
and osteogenesis with aging or under pathological
conditions such as osteoporosis [4]. Previously, MAT was
merely considered a space filler of the BM with unknown
origin and function. This view persisted until 1992 when
Beresford et al. proposed the opinion that osteoblasts and
adipocytes share the same progenitors, known as bone mar-
row mesenchymal stromal cells (BMSCs) [5]. As research
goes deeper, as well as the employment of novel experiment
techniques such as lineage tracing, it is now acknowledged
that MAT originates from skeletal lineages, functioning
crucially in bone and bone marrow homeostasis, and is

associated with systemic energy metabolism [3, 4]. In this
review, we present a detailed discussion regarding the origin,
distribution, and function of MAT, based on its difference
from peripheral adipose tissue, its relationship with mesen-
chymal stem cells and hematopoietic niche, and its endocrine
function. Moreover, regulating signals of MAT and bone
remodeling, as well as strategies targeting MAT to promote
bone regeneration, will also be discussed.

2. Development of MAT

2.1. MAT Is Different from Peripheral/Extramedullary
Adipose Tissue

2.1.1. MAT Is Located Differently. Based on their location,
origin, characterization, and function, adipose tissues are
typically classified into white adipose tissue (WAT), brown
adipose tissue (BAT), beige adipose tissue (beige AT), and
marrow adipose tissue (MAT) [6–8]. These tissues are dis-
tributed differently throughout the body. WAT depots make
up most adipose tissues and are widely dispersed subcutane-
ously (SWAT; in the buttocks, thighs, and abdomen,
accounting for 85% of the total adipose tissues) and viscerally
(VWAT; around the omentum, intestines, and perirenal
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areas, 10%) [9–11]. BAT is much less than WAT and mainly
resides in cervical, axillary, interscapular, and supraclavicular
regions [11, 12]. Beige AT, however, is interspersed within
(inguinal) WAT rather than residing discretely [13, 14].
MAT is found in the ribs, sternum, vertebrae, and medullary
canal of long bones (tibia, femur, and humerus) [15]. In 1976,
Tavassoli identified two histochemically distinct types of
MAT by performic acid-Schiff staining (PFAS). Adipocytes
of the red marrow were stained positively while those of the
yellow marrow were PFAS-negative [16]. In the red marrow
where hematopoiesis and bone remodeling are active, adipo-
cytes are less frequent and account for up to 45% of the mar-
row, while in the yellow marrow where hematopoiesis is
almost absent, adipocytes are densely packed and fill up to
90% of the marrow compartment [17]. A recent study further
confirmed the developmental and histological difference of
these two types of MAT in the red marrow and yellow
marrow, which were, respectively, termed as regulated
MAT (rMAT) and constitutive MAT (cMAT) [15]. rMAT
is interspersed within active hematopoietic sites such as
mid- to proximal tibia, femur, and lumbar vertebrae
whereas cMAT is located at the distal tibia and caudal ver-
tebrae of the tail [15].

The difference between rMAT and cMAT is more than
space occupancy. Temporally, rMAT develops throughout
life and is strain-specific, while cMAT develops rapidly after
birth. rMAT adipocytes are smaller (32.5± 2.4μm diameter)
than cMAT adipocytes (37.8± 1.2μm diameter) in C3Hmice
[15]. Moreover, compared with cMAT adipocytes, rMAT
adipocytes contain more saturated fatty acids which are sim-
ilar to WAT. When exposed to cold for 3 weeks, rMAT
decreased in volume whereas cMAT was highly resistant
and stable. Knockout of ptrf in mice could induce type 4 con-
genital generalized lipodystrophy (CGL4) which showed
nearly complete loss of rMAT while cMAT was hardly
affected. The gene expression profile of rMAT and cMAT
showed that peroxisome proliferated-activated receptor
gamma (PPARγ) expression level paralleled but CAAT
enhancer-binding protein α and β (Cebpα and Cebpβ) levels
were lower in rMAT adipocytes [15].

In brief summary, these data demonstrate the distinct
location of MAT compared with peripheral AT and the het-
erogeneity of MAT exemplified by rMAT and cMAT.

2.1.2. MAT Functions Differently.WAT adipocytes contain a
unilocular lipid droplet and function as a lipid reservoir to
store energy [18]. Besides, WAT is an endocrine organ
secreting hormones such as adiponectin, leptin, resistin,
and TNF-α [19]. BAT, on the other hand, is correlated with
energy expenditure. BAT adipocytes contain a great number
of mitochondria, where uncoupling protein-1 (UCP1) is
enriched. UCP1 disrupts the ATP synthesis process and
encourages heat generation [20]. Beige AT has mixed charac-
teristics of WAT and BAT, which presents unilocular mor-
phology similar to WAT but responds to cold typical of
BAT [21]. MAT has mixed phenotypes resembling WAT
and BAT-like or beige tissue. Marrow adipocytes resemble
white adipocytes histologically but express brown adipocyte
gene markers (Prdm16, Dio2, and PGC1a), which decrease

with aging and diabetes [22]. Moreover, the gene expression
profile of proximal tibia MAT is correlated with elevated
beige adipocyte markers (Ucp1, HoxC9, Prdm16, Tbx1, and
Dio2) compared with distal MAT, indicating the space-
specific interaction between MAT and bone remodeling
[23]. Recently, MAT was found to be an endocrine organ
which secretes adiponectin, exerting systemic effects on the
body during calorie restriction (CR) [24]. Noticeably, unlike
the switch between WAT, BAT, and beige AT, as character-
ized by prdm16-regulated “beiging” ofWAT and “whitening”
of BAT, the switch betweenMAT and extramedullary AT has
not been discovered yet [25, 26].

2.1.3. MAT Originated Differently. Mature WAT adipocytes
are derived from progenitors residing in the WAT depots.
Using fluorescence-activated cell sorting (FACS) and Cre
recombinase mouse models, Rodeheffer et al. identified and
proposed an adipogenesis model where Lin−:CD29+:CD34+:-
Sca-1+:CD24+ (CD24+) adipocyte progenitors gave rise to
Lin−:CD29+:CD34+:Sca-1+:CD24− (CD24−) preadipocytes,
which subsequently differentiated into mature adipocytes.
Furthermore, lineage tracing using PdgfRα−, Cdh5−, Tie2-
cre:mT/mG mice demonstrated that adipocytes and precur-
sors are mesenchyme-derived instead of being endothelial-
or hematopoietic-derived. Both CD24+ and CD24− adipocyte
precursors are PdgfRα+ while mature adipocytes are PdgfRα−

[27]. BAT, on the other hand, is traced to myogenic lineages
[28]. Seale et al. reported that BAT adipocytes arose from
Myf5+ myogenic precursors and PRDM16 (PRD-BF1-RIZ1
homologous domain containing 16) determined the bidirec-
tional switch between myoblasts and BAT adipocytes in vitro
[29]. Beige adipocytes cannot be traced withMyf5, indicating
that they are not BAT-derived. A pioneering study showed
that a subset of beige adipocyte precursors originated from
subcutaneous WAT but was thermogenic upon stimulation
[21]. Recently, Long et al. identified that a smooth muscle-
like lineage (Myh11-positive) could give rise to beige adipo-
cytes [30]. However, knowledge about beige AT still remains
limited. MAT adipocytes do not share progenitors with
peripheral adipocytes and are now recognized to originate
from mesenchymal stem cells in the bone marrow (see
detailed description below).

2.2. Progenitors Drive MAT Formation. The bone marrow
includes a subset of nonhematopoietic, multipotent, and
self-renewing progenitors capable of generating skeletal
lineages associated with bone, cartilage, marrow adipose
tissue, and marrow stroma [31]. These progenitors are
known as skeletal stem cells (SSCs), or mesenchymal
stromal cells (MSCs), contributing to bone development
and bone remodeling throughout the postnatal growth and
adaption process, as well as maintaining hematopoietic
niches [3]. Though they are once disregarded as simply
“space filling” cells and disputes concerning their origin still
remain, marrow adipocytes are now acknowledged to
function indispensably in bone marrow homeostasis and
share precursors with osteoblasts other than extramedullary
adipocytes. However, before getting a deeper inquiry into
the marrow adipocytes, clarification about the definition,
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identification, and nomenclature of (mesenchymal or
skeletal) stem cells is essential.

Detailed discrimination about mesenchymal stem cells
and skeletal stem cells has been discussed previously [32].
Briefly speaking, the idea of mesenchymal stem cells was ini-
tially introduced by Cohnheim as a nonhematopoietic and
mesoderm-derived population in the bone marrow [33].
Later, the original concept was extended to a common pro-
genitor of all nonhematopoietic and nonepithelial tissues of
mesoderm derivation. The criteria defining MSCs were min-
imized as cells adherent on plastic; cells expressing CD73,
CD90, and CD105 but not expressing CD34, CD45, CD14
or CD11b, CD79a or CD19, and HLA-DR surface markers
in vitro; and cells capable of trilineage differentiation into
osteoblasts, chondrocytes, and adipocytes when induced
in vitro [34]. This popularly accepted concept of MSCs can
be confusing and sometimes misleading because it lacks
in vivo ectopic transplantation and single-cell clonal assays,
which cannot be simply inferred from in vitro results. On
the other hand, skeletal stem cells can only be assayed in
the bone marrow and are thought to be included in generally
recognized BMSC population, since not all BMSCs have real
multipotent and self-renewing properties [35, 36]. Skeletal
stem cells (SSCs) are thus defined as self-renewing, multipo-
tent, and skeletal lineage-committed progenitors residing in
the postnatal bone marrow, capable of generating cartilage,
bone, marrow stroma, and marrow adipocytes in vivo.

The study of the marrow adipocyte origin is performed
by identifying cell surface markers in vitro and lineage trac-
ing genetically engineered mice in vivo [3]. Isolation of cell
surface markers can be done using monoclonal antibodies
and flow cytometry. Lineage tracing or specific ablation
experiments are performed by labeling regulatory elements
or genes of interest in genetically engineered mice expressing
reporters or cre recombinase [3]. Dispute about the origin of
marrow adipocytes remains for decades, and the three main
questions arising with time keep baffling us.

The first question lies in the relationship of marrow adi-
pocyte and extramedullary adipocyte (white adipocytes,
brown adipocytes, and beige adipocytes) origin. It was dem-
onstrated that bone marrow adipocytes expressed Prdm16
and Ucp-1 in mice, genes characterized for brown adipocytes
[22]. To testify if marrow adipocytes share progenitors with
brown adipocytes, Myf5-cre:mT/mG mice were constructed.
Bone marrow adipocytes were then induced with rosiglita-
zone, and the results showed that adipocytes were uniformly
dTomato+, suggesting that the newly formed bone marrow
adipocytes were not related to brown adipocyte lineage.
Besides, the induced marrow adipocytes were unilocular, dif-
ferent from white, brown, and beige adipocytes which are
multilocular [37]. Furthermore, Horowitz et al. traced adipo-
cytes in Osx1-Cre:mT/mG mice. The results showed uniform
dTomato+ cells in white and brown adipocyte tissues while
eGFP+ adipocytes were only traced in the bone marrow
[38]. Therefore, marrow adipocytes do not share the same
progenitors with extramedullary adipocytes and might be
derived from the bone marrow.

So the second question raised is do progenitors residing
in the bone marrow give rise to marrow adipocytes. Recent

studies successfully identified several markers for SSCs,
including osterix (Osx), leptin receptor (LepR), nestin (Nes),
and Gremlin1 (Grem1) [39]. Osterix is a transcription factor
crucial for osteoblast differentiation and marks different
precursors at the fetal, perinatal, and adult bone stage in
Osx-CreERT mice [40, 41]. In perinatal bone, Osx+ cells
were capable of trilineage differentiation in vitro and
exhibited high CFU-F activity. Moreover, tracing perinatal
Osx+ cells showed a high overlap of Osx+, nestin-GFP+, and
LepR+ cells after several weeks, suggesting that neonatal
Osx+ cells are precursors of LepR+ and nestin-GFP+ cells in
the adult bone marrow [42]. In another experiment, Zhou
et al. identified LepR-expressing skeletal stem cells which
accounted for 0.3% of bone marrow cells while enriching
94% of CFU-Fs [43]. Besides, LepR+ cells expressed PdgfRa,
CD51, and Prx1-Cre and generate most adipocytes and oste-
oblasts in the adult bone marrow [43, 44]. Interestingly, most
LepR+ cells expressed nestin-GFPlow, indicating an overlap of
LepR+ and Nes+ SSC populations [43]. Further, a study also
showed that leptin/lepR signaling promoted adipogenesis
and inhibited osteogenesis in SSCs [45]. Therefore, the
aforementioned results identified an Osx+, LepR+, and Nes+

SSC population capable of generating adipocytes. Most
recently, using a fluorescence-activated cell sorting (FACS)
approach, Ambrosi et al. identified a tripotent, perivascular
CD45−CD31−Sca1+CD24+ precursor which gave rise to
CD45−CD31−Sca−PDGFRa+ osteochondrogenic progenitor
cells (OPCs) and fate-committed CD45−CD31−Sca+CD24−

adipogenic progenitor cells (APCs). The latter subsequently
gave rise to mature CD45−CD31−Sca1−zfp423+ preadipo-
cytes (preAds) [46]. On the other hand, Gremlin1, the bone
morphogenetic protein (BMP) antagonist, marks another
SSC populations which give rise to osteoblasts, chondrocytes,
myofibroblasts, and reticular marrow stromal cells but not to
adipocytes [47]. Together, these studies confirm that marrow
adipocytes are derived from MSCs in the bone marrow. It is
also indicated that the origin of marrow adipocytes might
be heterogeneous.

The third question thus lies in the definitive origin of
marrow adipocytes in BM. One possible explanation is that
adipocytes are derived from different progenitors in the bone
marrow. This opinion is supported by the identification of
different SSC subpopulations capable of adipogenic differen-
tiation, as well as by the site-specific distribution and func-
tional difference of MAT throughout the bone marrow, for
instance, rodent rMAT and cMAT, whose origin remains
unknown. However, the possibility that a single population
of progenitors spatially and temporally gives rise to adipo-
cytes cannot be excluded yet.

3. MAT and Bone Marrow Homeostasis

Bone marrow homeostasis, including hematopoiesis and
bone remodeling, is tightly controlled by interactive commu-
nications of marrow stroma, surrounding cells, and regula-
tory signals at the local microenvironment. Marrow adipose
tissue is considered a crucial component which influences
the bone marrow homeostasis and sometimes the regenera-
tion process. MAT alters hematopoietic stem cell (HSC)
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functions, contributes to the fate commitment of MSCs, and
activates or inhibits osteoblasts and osteoclasts via paracrine
and endocrine regulation. In this part, we focus on the effect
of MAT on the bone marrow niche, as well as on the factors
regulating MAT.

3.1. MAT and Hematopoietic Niche. It remains controversial
regarding the protective or inhibitory role of MAT in hema-
topoiesis. Myelopoiesis and lymphopoiesis are two branches
of hematopoiesis besides HSC self-renewal [48]. A series of
work was carried out to study the relationship of MAT and
myelopoiesis or lymphopoiesis. Adiponectin is a MAT-
secreted hormone [49]. Culturing bone marrow cells with it
resulted in a strong inhibitory effect on B lymphopoiesis
but slightly enhanced myelopoiesis, which was mediated by
the activation of prostaglandin synthesis [50]. Similarly,
Bilwani et al. showed that adipocytes could secrete soluble
factors that inhibit B lymphopoiesis [51]. Coculturing stro-
mal cells (SCs), which contain a large number of adipocytes,
with lineage−Sca-1+CD117+ (LSK) cells also greatly impaired
LSK cell function [52]. A pioneering study explored the rela-
tionship between hematopoietic activity and bone marrow
adiposity of different regions in mouse skeleton [53]. In the
tail vertebrae where adipocytes are enriched, the HSC and
progenitor activity was reduced, compared with that in the
thorax vertebrae where adipocytes are bereft. The cKit+-

Lin−Sca1+Flk2− HSCs, multipotent progenitors (MPPs),
common myeloid progenitors (CMPs), granulocyte-
macrophage progenitors (GMPs), and megakaryocyte-
erythroid progenitors (MEPs) were all reduced 2-3-fold in
number; meanwhile, HSCs, MPPs, and CMPs also exhibited
reduced cycling in the tail vertebrae. Transwell cocultures of
MAT adipocytes and hematopoietic cells exhibited congru-
ent results. Importantly, in lipoatrophic A-ZIP/F1 mice or
in PPARγ inhibitor bisphenol A diglycidyl ether- (BADGE-
) treated mice, MAT is inhibited but the hematopoietic
recovery was rescued after lethal irradiation [53]. Recently,
Yubin et al. clarified the relationship of obesity with the bone
marrow niche. Mice fed with a high-fat diet (HFD) for 2
weeks exhibited reduced long-term hematopoietic LSK cells
and the shift of lymphoid to myeloid cell differentiation.
Besides, HFD promoted adipogenesis and inhibited osteo-
blastogenesis via the activation of PPARγ in MSCs, leading
to impaired bone architecture. Inhibiting PPARγ with
BADGE successfully rescued the endosteal bone niche and
HSC development. In addition, gut microbiota was also
found altered in HFD-treated mice and further influenced
the HSC population [54]. Another study fed mice with
HFD for 180 days, and the results also revealed the altered
hematopoietic and lymphopoietic functions, though an
enhancement effect was observed [55]. As it is introduced,
Ambrosi et al. identified a development hierarchy pattern
where tripotent, perivascular CD45−CD31−Sca1+CD24+ pre-
cursors gave rise to APCs and subsequent mature preAds.
They, respectively, transplanted CD45−CD31−Sca1+CD24+

cells, APCs, and preAds into irradiated mice, and all these
cells generated adipocytes. However, CD34− long-term
LSK cells and CD34+ short-term LSK cells were greatly
reduced in APC- and preAd-transplanted group, while

CD45−CD31−Sca1+CD24+ cells not only gave rise to adi-
pocytes but also protected hematopoietic regeneration
[46]. This study enlightens us that adipocyte precursors
at different differentiation stages can sometimes exert dis-
tinct effect on hematopoiesis. The aforementioned studies
proved the negative role of MAT in the hematopoietic niche.
However, there are also some contradictory studies revealing
the indispensable role of MAT in hematopoiesis. A study
shows that troglitazone-induced adipocytes supported prim-
itive hematopoietic cells in vitro, though no effect was
observed in vivo [56]. Moreover, Zhou et al. discovered that
MAT adipocytes arising from Adipoq-Cre/ER+ progenitors
synthesized the stem cell factor (Scf), an important HSC
niche factor, and promoted the hematopoietic regeneration
of the mice after irradiation or 5-fluorouracil (5-FU) treat-
ment. Adiponectin was found expressed in all MAT adipo-
cytes, and a conditional knockout of Scf using Adipoq-Cre
displayed impaired hematopoietic recovery. Interestingly,
Scf from osteoblastic, hematopoietic, and endothelial cells
is dispensable for hematopoietic regeneration [57]. The
reason for these discrepancies is unknown, probably
because of the heterogeneity of the adipocytes. Thus,
future work categorizing the subpopulation of MAT adi-
pocytes and investigating their effect on hematopoiesis
based on the subpopulation is required.

3.2. MAT and Osteoblastogenesis/Osteoclastogenesis. Adipo-
cytes are recognized to inhibit osteoblast activity. Cocultur-
ing human primary osteoblastic cells with human mature
adipocytes resulted in inhibition of osteoblastic cell prolifer-
ation [58]. This effect is attributed to the lipotoxicity of fatty
acids (FA) to osteoblasts [59]. Furthermore, it is discovered
that the highest marrow adipocyte saturation was present in
postmenopausal women with diabetes and fractures. This
clinical trial provided evidence for the inverse relationship
between MAT saturation and bone, though no association
of MAT content with diabetes and fractures was indicated
[60]. On the other hand, MAT adipocytes contribute to oste-
oclastogenesis. Bone marrow stromal cell line 2- (BMS2-)
derived adipocytes were shown to support the osteoclast dif-
ferentiation of primary bone marrow cells depleted of adher-
ent stromal and macrophage populations when cocultured in
vitamin D-containing microenvironment [61]. In addition,
mature marrow adipocytes were capable of secreting chemo-
kines CXCL1 and CXCL2, which promoted osteoclast matu-
ration in metastatic prostate cancer [62]. Besides mature
adipocytes, preadipocytes also contribute to osteoclastogene-
sis. During adipogenic differentiation of marrow stromal
cells, early transcription factors, C/EBPβ and C/EBPδ, bind
to the receptor activator for nuclear factor-κB ligand (Rankl)
promoter and facilitate Rankl gene expression. Moreover,
these RANKL-positive cells were positive for Pref-1, which
is a preadipocyte marker. Therefore, the RANKL+/Pref-1+

cell population contributes to osteoclastogenesis [63]. Simi-
larly, Fan et al. recently built conditional parathyroid
hormone receptor 1- (PTH1R-) knockout mice using Prx1-
Cre recombinase. The Prx1-Cre:PTH1Rfl/fl mice exhibited
an abnormal skeletal and marrow phenotype characterized
by significantly reduced bone mass, high bone resorption,
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and increased MAT. They also identified an elevated number
of Pref1+RANKL+ marrow progenitors in Prx1-Cre:PTH1Rfl/

flmice. The results revealed that in the absence of PTH1R sig-
naling, MSCs are prone to give rise to preadipocytes which
further differentiate into MAT adipocytes and produce
RANKL, leading to bone loss. Importantly, PTH treatment
reduced MAT both in mice and in osteoporotic men, indicat-
ing its ability to regulate stem cell lineage allocation [64].

3.3. MAT as an Endocrine Organ. MAT adipocytes are capa-
ble of secreting adipokines including adiponectin and leptin
[49, 65], which exert both local and systemic effects on bone
and energy metabolism. Adiponectin is initially known to be
derived from WAT and promotes insulin sensitivity and fat
oxidation and protects against inflammation. During CR,
however, MAT is markedly increased and contributes to
increased circulating adiponectin [24]. A study showed that
adiponectin exerts two opposite effects on bone. In short-
term conditions, adiponectin inhibits osteoblast proliferation
and increases their apoptosis via the PI3K-FoxO1-dependent
pathway. In long-term conditions, adiponectin increases
bone formation and bone mass by repressing the sympathetic
nervous system [66]. Leptin is another adipokine that influ-
ences both energy and skeletal homeostases. Leptin signaling
regulates bone metabolism via central and peripheral path-
ways. Centrally, leptin acts on LepR+ neurons in the hypo-
thalamus, activating the sympathetic nervous system which
favors adipogenesis [67]. Besides, leptin exerts effect on
hypothalamic pituitary peripheral axes, leading to altered
neuroendocrine hormones (e.g., thyroid, estrogen, cortisol,
and IGF-1 hormones) which are capable of regulating bone
metabolism [68–70]. Peripherally, leptin enhances bone
turnover and increases bone density [70–73]. In leptin-
deficient (ob/ob) and leptin-receptor-deficient (db/db) mice,
impaired bone formation was observed [71–73]. Subcutane-
ous injection of leptin rescued the bone phenotype in
leptin-deficient (ob/ob) mice [73]. Moreover, a series of clin-
ical trials demonstrate the positive association between leptin
and bone mass [69, 70, 74, 75]. For instance, recombinant
leptin therapy increased IGF-1, osteocalcin, and alkaline
phosphatase level in hypothalamic amenorrheic women
[74]. In hypoleptinemic women, bone mineral density
and content at the lumbar spine are increased after long-
term metreleptin (synthetic leptin analog) treatment [75].
Despite these persuasive pieces of evidence, however, a
recent study shows that in the bone marrow, leptin binds
to LepR and the leptin/lepR signaling promotes adipogen-
esis and inhibits osteogenesis of SSCs. Besides, activation
of LepR retarded bone healing in femur fractures or after
irradiation in mice [45].

3.4. MAT Bridges Energy and Bone Metabolism.Anomalies in
energy metabolism including anorexia nervosa (AN) in
human or CR in mice, type 1 and type 2 diabetes mellitus
(T1DM and T2DM), and gonadal deficiency, as well as
obesity and aging, led to an alteration in MAT and bone phe-
notype [76]. Thus, it is apparent that there is a reciprocal reg-
ulation between bone homeostasis and energy metabolism,
where MAT is simultaneously involved in both processes

though no direct evidence supports the causal relationship
betweenMAT and bone pathology. The coupled effect of skel-
etal and energy metabolism lies in shared hormonal signals
such as insulin, adiponectin, leptin, osteocalcin, and lipocalin
2, as well as in PPARγ-regulated molecular response.

AN in human or CR in mice led to a decrease in periph-
eral adipose tissue which was compensated for energy catab-
olism but paradoxically an increase in marrow adipocytes
[77, 78]. The reason for this phenomenon is unclear. Besides,
the patients/mice also experienced decreased bone mineral
density and elevated fracture risk [78]. In patients with AN,
MAT is elevated and positively correlates with circulating
adiponectin and Pref-1 [24, 79]. In young CR mice, besides
elevated MAT, decreased serum level of leptin and IGF-1
was observed [78]. These adipokines/hormones have been
shown to regulate bone homeostasis [45, 80–82]. Neverthe-
less, whether MAT directly affects these adipokines/hor-
mones and consequently influences bone mineral density
requires further elucidation in patients with AN. Apart from
AN, increased MAT and decreased bone mineral density are
also observed with aging and gonadal deficiency [83–85]. In
contrast, the relationship of obesity, MAT, and bone has
not reached a consensus. Both animal experiments and clin-
ical trials have reported various and conflicting results [60,
77, 86–90]. For instance, HFD-induced obesity in C57BL/6J
mice displayed increased MAT volume, but the trabecular
and cortical compartments were reported to be unchanged
or impaired [91, 92]. Patients suffering from T1DM often
experience bone loss and higher risk of fractures [93, 94].
However, no correlation between marrow adiposity and
T1DM was observed, and marrow adiposity turned out to
be linked to elevated serum lipid [95]. Moreover, harnessing
the PPARγ antagonist BADGE to T1DM mice reduced mar-
row adiposity but failed to rescue T1DM-induced bone loss
[96]. The presence of various results is reasonable, because
diabetes mellitus is a systemic disease with multifunctional
and multiorganic disorganization, which is controlled by
multifactors. Thus, more research regarding the direct role
of MAT in bone pathology in consideration of different set-
tings (e.g., gender, age, and systemic complications) of diabe-
tes is needed.

4. Targeting MAT to Promote
Skeletal Regeneration

4.1. Targeting Skeletal Stem Cells. Inducing a large number
of MAT is often required in research. A high-fat diet, che-
motherapy, and irradiation could lead to MAT accumula-
tion in the bone marrow. Especially for lethal irradiation
of mice, the marrow was ablated first and then intrave-
nously or intratibially transplanted with bone marrow cells
to induce MAT formation. Three days postirradiation, regen-
erated adipocytes could be observed in the bone marrow.
This technique allows us to do lineage tracing and to test dif-
ferentiation ability of cell subpopulation in vivo. Using this
method, LepR+ skeletal stem cells were shown to form osteo-
blasts and adipocytes after irradiation. Besides, it was discov-
ered that LepR+ cells were the main source of adipocytes in
the adult bone marrow [43]. Therefore, targeting LepR+ cells
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and their descendants towards osteogenesis instead of adipo-
genesis seems to be more efficient than targeting BMSCs. The
same was true for CD45−CD31−Sca+CD24− adipogenic pro-
genitor cells and mature CD45−CD31−Sca1−zfp423+ preadi-
pocytes, which were found to inhibit bone regeneration of
tibia fracture [46]. Interestingly, Yue et al. further tested the
function of the leptin receptor in SSCs using conditionally
deleted LepR from limb BMSCs using Prx1-Cre recombinase
and surprisingly found out that loss of LepR inhibited adipo-
genesis and accelerated fracture healing [45]. Moreover,
PTH1R deletion in mesenchymal stem cells leads to the for-
mation of adipocytes, which expressed RANKL, leading to
osteoclastogenesis. Therefore, receptors expressed in skeletal
stem cells such as LepR and PTH1R are the potential target
for skeletal regeneration [64].

4.2. Targeting Secreted Cytokines/Adipokines. Fatty acids can
exert lipotoxic effect on primary osteoblastic cells and inhibit
osteogenesis [56]. It is also found that circulating lipid level is
positively correlated with MAT in diabetes. Therefore, serum
lipids might be the potential target to decrease MAT [95, 97].
Low-density lipoprotein receptor-related protein 5 (LRP5) is
a Wnt coreceptor which inhibits adipogenesis and promotes
osteogenesis. Besides, LRP5 modifies energy metabolism by
positively affecting insulin signaling [98]. Interestingly,
LRP5 showed depot-specific expression in WAT, higher in
abdominal than in gluteal fat progenitors, and regulated a
depot-dependent Wnt/β-catenin pathway signaling. In addi-
tion, under equivalent knockdown of LRP5, an impaired glu-
teal but enhanced abdominal adipogenesis was observed.
This study enlightens us that a dose- and depot-specific gene
expression and signaling manner might also exist in MAT,
and investigation into cMAT and rMAT can be harnessed
based on this presumption [99].

Additionally, cytokines regulate marrow adipocytes in a
paracrine or endocrine manner. Adiponectin and leptin, as
discussed previously, are adipokines secreted by MAT
which affect bone homeostasis via local and systemic
regulation [45, 66]. Moreover, adiponectin decreased the
level of stromal cell-derived factor 1 (SDF-1) in the bone
marrow while increasing it in circulation, thereby creating a
chemotactic signal crucial for BMSC mobilization and
recruitment from the bone marrow to bone fractured sites
[100]. Sclerostin is an osteocyte-derived glycoprotein and
acts as an LRP5 antagonist, which inhibits osteogenesis and
promotes adipogenesis [101]. Circulating sclerostin was
found positively correlated with vertebral MAT in older
men [102]. As a new drug (romosozumab) which binds to
sclerostin to treat osteoporosis in postmenopausal women
is about to go on sale, its potential effects on fat distribution
and energy metabolism should also be noted [103]. Dipepti-
dyl peptidase-4 (Dpp4) is a cell surface serine protease
known as an important target of diabetes treatment, as well
as a secreted factor released from adipogenic cells which is
negatively correlated with bonemass [104, 105]. Importantly,
Ambrosi et al. have shown that CD45−CD31−Sca1+CD24+

cells and APCs in MAT can secret Dpp4. Treatment of
CD45−CD31−Sca1+CD24+ cells and OPCs with the Dpp4
inhibitor sitagliptin significantly enhanced osteogenesis

in vitro and in bone fractured sites [46]. Besides, Dpp4 is a
negative regulator of colony-stimulating factor (CSF) activity
and hematopoiesis in the bone marrow. Dpp4 inhibition
enhanced hematopoiesis in mice [106]. Steroid hormones,
including testosterone, estrogen, and glucocorticoid, regulate
MAT and bone homeostasis. Both testosterone and estrogen
inhibited MAT formation, as evidenced by an animal exper-
iment and clinical trial [23, 85, 107, 108]. Glucocorticoid
(GC), however, induces MAT formation and expansion.
Exogenous GC treatment to patients with systemic lupus
erythematosus resulted in a dose-dependent increase of
MAT in the proximal femur. Besides, higher MAT was corre-
lated with ischemic bone lesions [109]. Moreover, activation
of GC in cells required 11beta-hydroxysteroid dehydroge-
nases (11betaHSD1). Mice deficient in 11betaHSD1
(HSD1−/−) exhibited a total absence of MAT adipocytes, sug-
gesting that active GC is required for MAT formation. How-
ever, no significant change of bone mass was observed in
HSD1−/− mice [110].

4.3. Targeting Transcription Factor. Transcription factors
play a crucial role in the fate commitment of MSCs
[111, 112]. PPARγ is a key transcription factor for the adi-
pogenic differentiation of MSCs and differentiated state
maintenance. The C/EBP family is also involved in the
regulation of adipogenesis. Apart from them, transcription
factors including CREB, Krox20, KLF5, and STAT5 partic-
ipate in the complex network of transcription regulation
[113]. Thus, antagonists targeting these factors might be
utilized to decrease marrow adiposity and increase bone
mass and quality. For instance, BADGE was able to induce
bone formation and decreased marrow adiposity without
altering blood glucose, parathyroid hormone, and Ca2+

levels in serum, which could be a promising drug for
osteoporosis [114]. On the other hand, PPARγ agonists
promote adipogenesis and inhibit osteogenesis. More
importantly, they could increase insulin sensitivity and
regulate lipid metabolism, serving as ideal pharmaceuticals
for diabetes mellitus. For instance, thiazolidinediones
(TZD) are routinely used in clinical practice of T2DM
treatment. Inevitably, the side effect of TZD is associated
with osteoporosis and increased risk of bone fractures.
Also, MAT volume is increased with TZD administration
[115, 116]. The dual effects of TZD thus remind us of
the coupled regulation of bone homeostasis and energy
metabolism by PPARγ [117]. As MAT is a negative
regulator of bone, strategies aimed at balancing PPARγ
signaling and controlling MAT formation during diabetes
treatment might decrease the risk of bone fractures. Fibro-
blast growth factor 21 (FGF21) is another PPARγ agonist
that stimulates glucose uptake in adipocytes and promotes
lipid metabolism. It is a promising drug for T2DM, but
the side effect also links to bone loss. FGF21 gain-of-
function in mice resulted in a striking decrease in bone
mass [118]. However, a recent study that treated HFD-
induced obesity mice with recombinant human FGF21
(rhFGF21) for 2 weeks did not reach the conclusion of
bone loss or any change in mineral apposition rate, bone
resorption markers, and bone marrow fat [119]. Therefore,
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further studies regarding the effect of FGF21 on bone and
MAT are needed.

5. Outlook

The research over the past years has revealed the important
role MAT plays in the bone marrow niche and energy
metabolism. The idea that MAT is just a “filler” of the bone
marrow is abandoned now. MAT is now recognized as
being distinct from peripheral AT in respect of their origin,
location, and function, though they still have overlap and
interconnection with each other. For example, they
coordinated well in energy metabolism via secreted
endocrine factors despite their different distribution depots.
Interestingly, peripheral AT can achieve “switching” in
predetermined settings, but this phenomenon has not been
observed in MAT yet. Therefore, future studies clarifying
the functional coordination and differences between MAT
and extramedullary/peripheral AT are expected. Efforts
should also be made to optimize experimental methods to
obtain and purify MAT adipocytes. Compared with
peripheral AT, MAT in the bone marrow is protected by
bone and thus is harder to obtain. Besides, the bone
marrow is heterogeneous, as it is composed of marrow
stroma, HSCs, MSCs, adipocytes, fibroblasts, and so on.
The existence of these cells, especially MSCs/SSCs, which
are capable of multilineage differentiation and give rise to
cells at different differentiation stages, makes lineage tracing
of MAT progenitors difficult. In addition, although several
studies have successfully identified SSCs expressing surface
markers such as Osx, LepR, Nes, and CD45−CD31−Sca+-

CD24− (APCs) that could give rise to adipocyte lineage, the
origin of MAT adipocytes has not reached a consensus.
Moreover, MAT adipocytes are distributed in different sites,
as in the case of cMAT and rMAT. The exact function of
these two types of MAT remains unclear. Finally, the rela-
tionship between MAT and bone is perplexing. Most studies
demonstrated the inverse relationship between MAT and
bone. However, there are some studies negating this opinion.
For instance, two different mouse strains, C3H/HeJ (C3H)
mice and C57BL/6J (B6) mice, exhibit totally distinct MAT
and skeletal phenotypes. C3H mice presented both a high
level of MAT and bone mineral densities (BMD), while B6
mice exhibited just the opposite, a low level of MAT and
BMD [37, 120]. Therefore, more pieces of evidence proving
the causative relationship between MAT and bone loss are
needed, and based on them, strategies targeting MAT to pro-
mote bone remodeling and regeneration are expected.
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Cell-based therapy serves as an effective way for cartilage repair. Compared with a limited source of autologous chondrocytes,
adipose-derived stem cells (ADSCs) are proposed as an attractive cell source for cartilage regeneration. How to drive
chondrogenic differentiation of ADSCs efficiently remains to be further investigated. TGF-β3 has shown a strong chondrogenic
action on ADSCs. Recently, fibroblast growth factor 18 (FGF-18) has gained marked attention due to its anabolic effects on
cartilage metabolism, but existing data regarding the role of FGF-18 on the chondrogenic potential of mesenchymal stem cells
(MSCs) are conflicting. In addition, whether the combined application of FGF-18 and TGF-β3 would improve the efficiency of
the chondrogenic potential of ADSCs has not been thoroughly studied. In the current study, we isolated human ADSCs and
characterized the expression of their surface antigens. Also, we evaluated the chondrogenic potential of FGF-18 on ADSCs using
an in vitro pellet model by measuring glycosaminoglycan (GAG) content, collagen level, histologic appearance, and expression
of cartilage-related genes. We found that FGF-18, similarly to TGF-β3, had a positive impact on chondrogenic differentiation
and matrix deposition when presented throughout the culture period. More importantly, we observed synergistic effects of FGF-
18 and TGF-β3 on the chondrogenic differentiation of ADSCs in the in vitro pellet model. Our results provide critical
information on the therapeutic use of ADSCs with the help of FGF-18 and TGF-β3 for cartilage regeneration.

1. Introduction

Articular cartilage is an avascular tissue with a poor capacity
for regeneration and repair [1]. Cartilage defects often induce
the development of osteoarthritis and consequent disability.
Autologous chondrocyte implantation has proven beneficial
for treating articular defects in patients during the last two
decades [2, 3]. However, difficulties in the expansion of chon-
drocytes and proneness to dedifferentiate during extended
cultures have led to the use of mesenchymal stem cells
(MSCs) as an alternative for cartilage repair [4].

Adult MSCs display high potential for proliferation and
multipotency and can be isolated from various tissues such
as bone marrow and adipose tissue [4]. The capacity of self-
renewal and the chondrogenic potential of human bone
marrow-derived MSCs (BMSCs) have been well documented
[5]. Compared with BMSCs, human adipose-derived stem
cells (ADSCs) contain similar characteristics as BMSCs and
have their own advantages in abundance, ease of access,
and better maintenance of cell phenotype during passage
[6]. Growing evidence has suggested that bone marrow and
adipose-derived stem cells could promote the regeneration
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of cartilage; however, underlying mechanisms that govern
their chondrogenic potential remain largely unknown [4].
Therefore, it is crucial to identify key growth factors that will
selectively promote chondrogenesis and cartilage production
in the microenvironment.

Since mesenchymal condensation is critical in cartilage
development, high-density cell pellets that mimic the chon-
drogenic program were developed and used to examine the
chondrogenic differentiation of MSCs [7]. Specific growth
factors or bioactive molecules were added into the pellet
culture system to determine the effects in the chondro-
genic differentiation for MSCs. Presently, members of the
transforming growth factor-β (TGF-β) superfamily are
well recognized as the main chondroinductive growth fac-
tors [8]. There are three members of TGF-βs, including
TGF-β1, TGF-β2, and TGF-β3, which bind with the TGF-
β receptor then activate downstream molecules. Among
these, TGF-β3 has the strongest chondrogenic effects on
ADSCs, showing an increased matrix deposition and chon-
drogenic differentiation [9, 10].

Recently, fibroblast growth factors (FGFs) and their
receptors have been found to play a critical role in articular
cartilage repair and the maintenance of cartilage [11].
Among these members, FGF-18 has acquired marked atten-
tion because of its anabolic effects on cartilage [12]. It has
been found that FGF-18 can promote the development of
cartilage, delay the degeneration of articular cartilage, and
stimulate the potency for the regeneration of hyaline articular
cartilage [13–16]. However, existing data regarding the
effects of FGF-18 on the chondrogenic potential of MSCs
are conflicting. In limb bud mesenchymal cells, it has been
suggested that FGF-18 through selectively binding with
FGFR3 promotes the differentiation of prechondrogenic
mesenchymal cells to cartilage-producing chondrocytes
[13]. On the other hand, FGF-18 exhibited a negative role
on the chondrogenesis of human BMSCs when added at
the beginning of the program, while it displayed an anabolic
effect when added later in the presence of TGF-β1 [17]. Thus,
the chondrogenic effects of FGF-18 on ADSCs remain to be
further investigated. In addition, whether the combined
application of FGF-18 and TGF-β3 would improve the
efficiency of chondrogenic potential of ADSCs has not been
thoroughly studied.

In the current study, we isolated human ADSCs and
examined the main expression markers of adult MSCs. We
evaluated the chondrogenic potential of FGF-18 on ADSCs
by measuring glycosaminoglycan (GAG) content and
ollagen amount, histologic appearance, and expression of
cartilage-related genes. We also determined whether FGF-
18 in combination with TGF-β3 could enhance chondro-
genic differentiation of ADSCs in an in vitro pellet model.

2. Materials and Methods

2.1. Cell Isolation and Cultivation. All adipose tissues were
obtained from three different donors with informed con-
sent (age range 55–75 years). Ethical approval for this
work was granted by the ethics committee of the No. 1
Affiliated Hospital of PLA General Hospital. The tissue

was washed extensively with PBS, completely diced, and
then digested with 0.1% collagenase A (Sigma, USA) solu-
tion at 37°C for 60min. Then the digested tissue was fil-
tered using a 75μm filter mesh (BD Biosciences, USA)
and centrifuged at 1200 rpm for 5min, and the superna-
tant was removed along with the mature adipocytes. Sub-
sequently, cell pellets were resuspended in DMEM LG
with 10% FBS (Corning, USA) and cultured on flasks in
an incubator with 5% CO2, at 37°C. The medium was
changed on the following day and thereafter every 3 days.
When the cells reached 90% confluence, the cultures were
trypsinized and passaged a further two times in T75 cul-
ture flasks (Corning, USA). Passage 3 to 5 cells were used
for chondrogenic differentiation experiment.

2.2. Cell Characterization by Flow Cytometry.Human ADSCs
from passage 3 were characterized by flow cytometry using
the following monoclonal antibodies: anti-human CD14-
PE, CD34-PE, CD45-PE, CD90-FITC, CD105-PerCP, and
CD166-PE (BD Biosciences). Cells were digested with
0.25% trypsin/EDTA, resuspended with PBS/FBS(1%),
counted, and adjusted to a density of 1× 107/mL. In each flow
cytometric tube, aliquots containing 1× 106 ADSCs were
incubated with antibodies for 1 h at 4°C away from light,
according to the instructions. For negative control, the buffer
was added with a mouse IgG1 antibody. The suspended
ADSCs were washed and then analyzed with a FACSCalibur
device (BD Biosciences). For each sample, 20,000 events were
acquired and analyzed with the CellQuest software (BD Bio-
sciences). Cells were considered MSCs if they were positive
for CD90, CD105, and CD166 and negative for CD14,
CD34, and CD45.

2.3. Chondrogenic Differentiation in Pellet Culture. High-
density cell pellet cultures are used to examine the chon-
drogenic differentiation of MSCs. For the preparation of
each pellet, passage 3~5 human ADSCs were harvested
and counted and aliquots of 5× 105 cells in the defined
medium were spun down at 300 g for 10minutes in a
15mL polypropylene conical tube (Corning, USA). The
basic chondrogenic culture medium consists of DMEM
supplemented with 10% FBS (Corning, USA), 100nM dexa-
methasone, 1% ITS+ Premix, 100μg/mL sodium pyruvate,
50μg/mL L-ascorbate-2-phosphate, 40μg/mL proline, and
1% penicillin–streptomycin. All reagents were obtained from
Sigma-Aldrich unless otherwise noted. Pellets were divided
into 4 experimental groups, including control group, TGF-
β3 group (10ng/mL), FGF-18 group (100 ng/mL), and the
combination of TGF-β3 and FGF-18 group. Pellets were cul-
tured with the basic chondrogenic medium (see above) sup-
plemented with TGF-β3 (PeproTech, USA) and/or FGF-18
(PeproTech, USA) for indicated periods. The control group
was treated with the basic chondrogenic medium which is
the same with that in the other three groups. The medium
was changed every three days.

2.4. Glycosaminoglycan (GAG) and DNA Quantification. At
the indicated time points, ADSC pellets were collected and
digested for 18h at 60°C using 125μg/mL papain solution
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(1mL/sample papain solution) and then clarified by centrifu-
gation. Aliquots of the supernatant were assayed separately
for glycosaminoglycan (GAG) and DNA content. GAG in
pellets was evaluated using the dimethylmethylene blue
(DMMB) binding assay described before [18]. Two hundred
microliters of DMMB reagent (16mg of dye in 1 L of water
containing 3.04 g glycine, 2.37 g NaCl, and 95mL 0.1M
HCl) was added to 50μL of supernatant of papain digest,
and the absorbance at 525nm was immediately measured.
The standard curve for the analysis was made using a chon-
droitin 4-sulfate standard. DNA was extracted from the
papain-digested sample by the standard protocol using
proteinase K and phenol, then the concentration was deter-
mined directly using NanoDropND 2000 (Thermo Scientific,
USA). The DNA content per scaffold was calculated while

taking into consideration sample dilution. For glycosami-
noglycan synthetic activity, the ratio of GAG/DNA in each
sample was normalized.

2.5. Hydroxyproline (HYP) Assay. Total collagen content was
measured by first quantifying the hydroxyproline content in
pellets after a 5-week chondrogenic induction. Hydroxypro-
line (HYP) assay was performed according to the instructions
of the commercial kit (Nanjing Jiancheng Bioengineering
Institute, China). Briefly, samples were hydrolyzed with an
equal amount of 6M HCl at 95°C for 5 h. Then, hydrolyzed
samples were cooled to room temperature and the pH value
was adjusted to 6.0–6.8, followed by an orderly addition of
three reagents in the kit. After that, samples were incubated
at 60°C for 15min and centrifuged at 3500 rpm for 10min.
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Figure 1: FACS analysis of ADSC characteristics. (a) The representative images of gating. (b) The negative results with the isotype-matched
control antibodies. ADSC surface markers (CD90, CD105, CD166, CD14, CD 34, and CD45) were determined (c–f).
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Supernatants were used to determine the absorbance at
550nm. The hydroxyproline content was calculated accord-
ing to the formula described in the instructions. The total
amount of collagen per scaffold was converted by the content
of hydroxyproline using a previously reported hydroxypro-
line to collagen ratio of 1 : 7.69 [19].

2.6. RNA Extraction, cDNA Synthesis, and Real-Time PCR.
Total RNA was extracted from pellets using the TRIzol
reagent according to the manufacturer’s instructions (Invi-
trogen, USA). Before RNA isolation, human ADSC pellets
were preserved in RNAlater RNA stabilization reagent after
chondrogenic induction for 5 weeks (Qiagen, USA). Then,
RNA was reverse-transcribed to cDNA using All-in-One
cDNA Synthesis SuperMix (Bimake, USA). Real-time PCR

was performed to measure the relative mRNA levels using
QuantStudio 5 (Applied Biosystems, USA) with UltraSYBR
Mixture (CWBIO, China). All samples were measured in
triplicate and normalized to internal control GAPDH. The
expression level of each target gene was calculated by Quant-
Studio Design and Analysis desktop software. The anneal
temperature is 57°C, and primer sequences were described
as follows: collagen II (forward-5′AAG TCC CTC AAC
AAC CAG AT3′ and reverse-5′CCA GTA GTC TCC ACT
CTT CCA3′), collagen X (forward-5′GGC AAC AGC ATT
ATG ACC C3′ and reverse-5′GAT GAT GGC ACT CCC
TGA A3′), Sox-9 (forward-5′GTA CCC GCA CTT GCA
CAA C3′ and reverse-5′TTC TTC ACC GAC TTC CTC
C3′), aggrecan (forward-5′TAC AAA CGC AGA CTA
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Figure 2: The quantification of GAG, DNA, and GAG/DNA in ADSC pellet induced by TGF-β3 alone, FGF-18 alone, and their
combination at indicated time points. (a) Synthesis of sulfated GAG (sGAG) from hADSC pellet. (b) Change in hADSC DNA
contents in pellet culture at different time points. (c) The change of GAG/DNA in ADSC pellet at different groups and indicated
time points. Values are mean ± SEM, n = 5. The asterisk ∗ (p < 0 05) and asterisks ∗∗ (p < 0 01) indicate significant difference compared
to the control group.
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CAG AAG C3′ and reverse-5′AAA GCG ACA AGA AGA
GGA CA3′), COMP (forward-5′CCC AGA AGA ACG
ACG ACC AA3′ and reverse-5′CCC TAT ACC ATC GCC
ATC ACT3′), Prg4 (forward-5′TGA CGG CTA TGA TTA
CTA TGC3′ and reverse-5′AGT TGA CTC CTC CTT TGC
TC3′), and GAPDH (forward-5′TGG CTA CAG CAA
CAG GGT G3′ and reverse-5′ATG GCA ACT GTG AGG
AGG G3′).

2.7. Histological and Immunohistochemical Analysis. After a
5-week chondrogenic induction, human ADSC pellets were
fixed overnight in 4% paraformaldehyde (PFA), followed by
dehydration in a graded ethanol series, and embedded in par-
affin. The specimens were sliced into 5μm sections. The
sections were stained with hematoxylin and eosin (H&E) or
Alcian blue and Sirius red to visualize the presence and distri-
bution of glycosaminoglycan (GAG) and total collagen as
described [20]. Immunohistochemical examination was per-
formed using a monoclonal antibody against type II collagen
(Abcam, USA) as described previously [20], and cell nuclei
were counterstained with hematoxylin. All images were
obtained with a light microscope (Olympus, Japan) and a
digital camera attachment (Nikon, Japan).

2.8. Statistical Analysis. Results are reported as means± stan-
dard deviation. Statistical analysis was performed using
SPSS 17.0 software. One-way ANOVA and Dunn’s mul-
tiple comparison test were used to examine significant
difference (p < 0 05).

3. Results

3.1. Immunophenotypic Characterization of Cultured ADSCs.
Human adipose-derived stem cells (ADSCs) were isolated
from adipose tissue, and subsequently passages 3 to 5 were
used in our study. Morphologically, cultures showed the
typical fibroblast-like features as primary MSC (data not
shown). Since mesenchymal stem cells were known to

express typical surface markers, the phenotypes of ADSCs
at passage 3 were characterized by flow cytometry analysis.
In our study, mesenchymal characteristics were evaluated
using the positive MSC markers, CD90, CD105, and
CD166, and the negative MSCs markers, CD14, CD34, and
CD45. As expected, the MSC markers CD90, CD105, and
CD166 were observed in more than 75% of the cells, while
the MSC negative markers CD14, CD34, and CD45 were
observed in less than 5% of the cells (Figures 1(a)–1(f)).
These results suggested that ADSCs we cultured maintained
typical phenotypes of MSCs and could be used to investigate
the chondrogenic differentiation.

3.2. Biochemical Analysis of Extracellular Matrix on ADSC
Pellet. The 3D high-density pellet culture is a commonly
used model for chondrogenesis in vitro. To investigate
the chondrogenic potential of FGF-18 alone and in
combination with TGF-β3, ADSCs were induced towards
chondrocytes in the pellet culture using the basic chondro-
genic medium supplemented with TGF-β3 only, FGF-18
only, or the combined application of FGF-18 and TGF-
β3 for the indicated periods. ADSCs cultured in the basic
chondrogenic medium were considered as negative con-
trol, while exposed TGF-β3 was considered as a positive
group. For a quantitative comparison of matrix production
between the different groups over time, glycosaminoglycan
(GAG) levels and collagen content in ADSC pellets were
examined by DMMB assay at 1, 2, 3, and 4 weeks and
hydroxyproline quantification at 5 weeks, respectively.
After a 2-week chondrogenic induction, TGF-β3 signifi-
cantly increased the production of GAG as in previous
reports (Figure 2(a)). Notably, pellets cultured with FGF-
18 showed a remarkable increase in GAG content com-
pared with the negative control at four different time
points, suggesting that addition of FGF-18 throughout
the culture period stimulated chondrogenesis of ADSCs
as well as TGF-β3 (Figure 2(a)). In addition, highest
GAG levels were observed in the combined treatment of
TGF-β3 and FGF-18 group at the indicated time points
(Figures 2(a) and 2(c)), suggesting that there were syner-
gistic effects of FGF-18 and TGF-β3 on the chondrogenic
differentiation of ADSCs. No significant difference in DNA
content per pellet was observed among these groups
(Figure 2(b)). GAG normalized to DNA was higher in
the chondrogenic group containing the growth factor than
in the negative control, regardless of the presence of
TGF-β3 or FGF-18 (Figure 2(c)). There was nearly no
increase in GAG/DNA in the control group over time
(Figure 2(c)). Also, synergistic effects of FGF-18 and
TGF-β3 on the production of GAG were observed in four
different time points (Figure 2(c)). Quantification of
collagen content in ADSC pellet induced for 5 weeks
showed that TGF-β3 or FGF-18 alone enhanced collagen
production compared with the control, respectively
(Figure 3). In addition, TGF-β3 in combination with
FGF-18 largely increased the average amounts of collagen
per pellets and showed synergistic effects on ADSC chon-
drogenesis (Figure 3). A biochemical evaluation of the
GAG and collagen content suggests that FGF-18 worked
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as a chondrogenic agent as well as TGF-β3, and a combi-
nation of FGF-18 and TGF-β3 would probably improve
the chondrogenic differentiation potential of ADSCs.

3.3. Histological and Immunohistochemical Analysis of ADSC
Pellet. In order to evaluate the action of FGF-18 or combina-
tion of FGF-18 and TGF-β3 on ADSC chondrogenic
differentiation, a histological and immunohistochemical
evaluation was performed to determine the extracellular
matrix synthesis and deposition in chondrogenic differenti-
ated ADSCs in pellet culture. H&E staining showed no
difference in pellet size and histological appearance in these
pellets at 5 weeks (Figure 4(a)). Next, we performed Alcian
blue and Sirius red staining for cartilage proteoglycan
collagen, respectively. Alcian blue staining demonstrated that
the blue coloration was increased in the extracellular matrix
of ADSC cultures’ exposure to FGF-18 and TGF-β3
compared to that of other cultures (Figure 4(b)). It also
showed more GAG deposition in FGF-18-treated pellets
compared with the negative control group (Figure 4(b)).
After a 5-week chondrogenic induction, Sirius Red staining
showed that a more intense staining signal for collagen was
observed in the ADSC pellets treated with FGF-18 and
TGF-β3 together (Figure 4(c)). We further determined the
type II collagen expression level in ADSC pellets cultured
for 5 weeks by immunohistochemical analysis. Consistent
with the histological results, a higher type II collagen expres-
sion was found in the group of the combination of FGF-18
and TGF-β3 compared to that of other groups
(Figures 5(a)–5(d)). There was also an increased expression
of type II collagen in pellet cultures treated with FGF-18 or
TGF-β3 alone compared with the negative control
(Figures 5(a)–5(c)). These results further confirmed that
FGF-18 has chondrogenic property as well as TGF-β3 and
that FGF-18 in combination with TGF-β3 greatly potentiated

a chondrogenic differentiation of human ADSCs in the
in vitro pellet model.

3.4. Gene Expression Changes on ADSC Pellet. To uncover
the underlying gene expression pattern, the extent of
chondrogenesis was evaluated by quantifying the chondro-
cytic cell-specific genes, including type II collagen (Col2a1),
aggrecan, SOX-9, proteoglycan 4 (Prg4), cartilage oligomeric
matrix protein (COMP), and type X collagen (Col10). After 5
weeks of chondrogenic induction, real-time PCR analysis
found that all of these chondrocyte-related genes were
much more highly expressed in ADSC pellets cultured in
the presence of growth factors (FGF-18 alone, TGF-β3
alone, or FGF-18+TGF-β3) than that in the negative con-
trol (Figures 6(a)–6(f)). Treatment with FGF-18 alone sub-
stantially upregulated chondrogenic gene expression relative
to the negative control, similar to the effects of the well-
known chondrogenic agent TGF-β3 (Figures 6(a)–6(f)). No
significant difference in COMP expression was found
between FGF-18+TGF-β3 and FGF-18 or TGF-β3 alone
(Figure 6(e)). However, the results revealed that the Col2a1,
aggrecan, SOX-9, Prg4, and Col10 mRNA expression in the
FGF-18- and TGF-β3-cotreated pellets was significantly
higher than that in pellets treated with FGF-18 or TGF-β3
alone, suggesting that there were synergistic effects of FGF-
18 and TGF-β3 on chondrogenic gene expression in the
in vitro pellet model (Figures 6(a)–6(d) and 6(f)).

4. Discussion

In this study, we had successfully isolated human ADSCs and
characterized the expression of their surface antigens. We
found that FGF-18, similarly to TGF-β3, has a positive
impact on chondrogenic differentiation as well as matrix
deposition when present throughout the culture time. In

H
&

E

Control TGF-�훽3 + FGF-18TGF-�훽3 FGF-18

A
lc

ia
n 

bl
ue

Si
ru

s r
ed

Figure 4: Histological appearance of hMSC pellets: (a) H&E staining; (b) Alcian blue staining; (c) Sirius red staining. Images are from
representative cell cultures at 200 times magnification. Bar, 100 μm.
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addition, we observed synergistic effects of FGF-18 and TGF-
β3 on the chondrogenic differentiation of ADSCs.

HumanADSCswere considered as an optional alternative
for cell-based articular cartilage repair in the clinic because
they were abundant in supply and possessed chondrogenic
potential and easy accessibility [21]. ADSCs show similar
characteristics with BMSCs, but they also exhibit a number
of different features, that is, cell surface markers, differentia-
tion potential, and abundance in the body [4]. In the current
study,we isolatedADSCs fromhuman adipose tissue and ana-
lyzed the cell surface markers for undifferentiated ADSCs.
Consistent with the results described previously [22], we
observed that our cultured ADSC populations were positive
for CD90, CD105, and CD166 and negative for CD14, CD34,
andCD45, suggesting that these ADSCs fittedwith the criteria
ofMSCs and could be further used for chondrogenic differen-
tiation analysis using an in vitro pellet culture model.

A major challenge in ADSC application for cartilage
repair is on how to control and facilitate their chondrogenic
differentiation. Despite growing information regarding
MSCs, the mechanisms contributing to the chondrogenesis
of ADSCs are not well defined. One rational strategy is to
identify key growth factors and recapitulate the in vivo envi-
ronment by using these growth factors to improve chondro-
genesis of ADSCs. Previous studies have suggested that
various growth factors such as TGF-βs, IGF-1, insulin, and
BMPs were capable of stimulating in vitro chondrogenesis
of ADSCs [8, 23–25]. In our pellet chondrogenic culture sys-
tem, as a positive group, TGF-β3-treated ADSC pellets also
showed an increased total amount of GAG at different times,
a rise in collagen expression, and an upregulated expression
of chondrocyte-related genes after a 5-week chondrogenic
induction. Importantly, our results revealed that FGF-18
greatly upregulated the production of the extracellular matrix
of GAG and collagen by biochemical evaluation and histo-
logical analysis, suggesting that FGF-18 alone supplemented

with the basic chondrogenic medium is sufficient to direct
chondrogenic commitment of ADSCs as well as TGF-β3
when present throughout the entire differentiation program.
It was consistent with the results that FGF-18 promoted
chondrogenic differentiation and cartilage production in
limb bud mesenchymal cells [13].

There are two different opinions about the role of FGF-18
in MSC chondrogenic differentiation: one thinks that
FGF-18 positively regulates chondrogenic differentiation
[12, 13], and another suggests that FGF-18 negatively
regulates chondrogenesis [26]. Our results showed that
FGF-18 promotes chondrogenic differentiation of ADSCs
by increasing the expression of SOX-9 and also promotes
the expression of chondrocytic matrix gene Col2a1 and
aggrecan during chondrogenesis of ADSCs. Besides that,
the timing point of FGF-18 action is also controversial. Some
reports suggested that FGF-9 and FGF-18 inhibited extracel-
lular production or had no significant effects at the early stage
of chondrogenesis, but played an anabolic effect when added
at the late stage [17, 27]. In contrast with these reports, we
found that FGF-18 had potent chondroinductive actions on
MSCs when present in the chondrogenic medium at the
entire culture period. The contradictory results might be
related to different chondrogenic induction media (with or
without 10% FBS), the concentration of FGF-18 (100 ng/mL
or 10 ng/mL), inherent differences of ADSCs, and so on.
The chondrogenic culture medium used in our study con-
tained 10% FBS, and that might be enough to stimulate the
proliferation and survival of ADSCs in the pellet culture
model and cover or exceed the effects of growth factors on
ADSC proliferation. In addition, we inferred that higher con-
centration of FGF-18 (100 ng/mL) may also have stronger
chondrogenic potency for ADSCs than the previously used
10 ng/mL FGF-18 [17].

To our knowledge, this study firstly showed the enhanced
and synergistic effects of FGF-18 in combination with TGF-

(a) (b)

(c) (d)

Figure 5: Immunohistochemical staining for type II collagen (ColII) expression in ADSC pellet induced to chondrogenic differentiation for 5
weeks: (a) control; (b) TGF-β3; (c) FGF-18; (d) FGF-18 +TGF-β3. Increased levels of type II collagen expression in pellet culture containing
FGF-18 and TGF-β3 were detected by immunohistochemistry.
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β3 on chondrogenesis of ADSCs. When ADSC pellets were
subjected to a combination of FGF-18 and TGF-β3 through-
out the culture period, more chondrocytic markers and
extracellular matrix were produced. ADSC pellets cotreated
with these two growth factors displayed increased GAG
accumulation, improved histologic appearance with intense
Alcian blue and Sirius red staining signal, and increased
transcription of cartilage-related genes, such as aggrecan,
Sox-9, Col2a1, and Prg4. Previously, some results also
showed that insulin-like growth factor 1 (IGF-1) enhanced
the chondrogenesis effects of TGF-β1 and the combined
application of TGF-β3 and BMP-2 has a synergistic effect
on chondrogenic differentiation [23, 25]. In addition, it
also showed that BMP-2 and IGF-1 were capable of mo-
dulating the proliferation and chondrogenic differentiation
of ADSCs [28]. In the current study, we found that FGF-
18 and TGF-β3 had combined effects on inducing differ-
entiation of ADSCs into chondrocytes with a histological

appearance and chondrogenic gene expression profiles in
the in vitro pellet model. The specific molecular mecha-
nisms of synergism need to be further elucidated in the
near future study. In addition, whether these two growth
factors can promote chondrogenesis in vivo remains to
be further investigated.

5. Conclusions

In conclusion, our results from ADSC pellet culture de-
monstrated that chondroinductive actions of FGF-18 were
nearly equal to those of TGF-β3, and the two growth
factors had synergistic effects on ADSC chondrogenesis.
Therefore, simultaneous stimulation of ADSCs with TGF-
β3 and FGF-18 may serve as a useful approach for assist-
ing translational research for cell-based therapies targeting
cartilage tissue regeneration.
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Figure 6: Gene expression analysis of the chondrogenic genes in ADSC pellets. Chondrocytic-related genes of Col2a1 (a), Aggrecan (b), SOX-
9 (c), Prg4 (d), COMP (e), and Col10 (f) were quantified by real-time PCR in ADSC pellet, which were stimulated with TGF-β3 alone, FGF-18
alone, and their combination for 5 weeks. The asterisk ∗ (p < 0 05) and asterisks ∗∗ (p < 0 01) indicate significant difference compared to the
control group.
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The mineralized tissue of the tooth is composed of enamel, dentin, cementum, and alveolar bone; enamel is a calcified tissue with no
living cells that originates from oral ectoderm, while the three other tissues derive from the cranial neural crest. The fibroblast
growth factors (FGFs) are critical during the tooth development. Accumulating evidence has shown that the formation of dental
tissues, that is, enamel, dentin, and supporting alveolar bone, as well as the development and homeostasis of the stem cells in
the continuously growing mouse incisor is mediated by multiple FGF family members. This review discusses the role of FGF
signaling in these mineralized tissues, trying to separate its different functions and highlighting the crosstalk between FGFs and
other signaling pathways.

1. Introduction

Organogenesis is a complex physiological process. An intri-
cate array of signaling molecules such as FGFs, bone mor-
phogenetic proteins (BMPs), Wnt, and Hedgehog (Hh)
families are known to regulate the formation, differentiation,
and maintenance of the tooth and alveolar bone during the
development and throughout adulthood [1–4].

FGF signaling occupies a significant position in inducing
the proliferation and differentiation of multiple cell types
during embryonic stages [5–10], as well as in regulating
the development in different animals [11–14]. In addition,
FGFs have been shown to regulate mouse tooth develop-
ment [2, 15–17]. Nevertheless, a comprehensive description
about the mechanism underlying FGFs that regulate differ-
ent mineralized tissues of tooth during the embryonic stages,
as well as incisor renewal in the adulthood, is still needed.
Here, we summarize the roles of FGF signaling in mouse
tooth development and the ways FGFs control the stem cells
in incisor renewal, trying to separate its different functions

and highlighting the crosstalk between FGFs and other sig-
naling pathways.

2. Development of Tooth and Supporting
Bone Structure

Most vertebrate groups have the ability to replace their teeth.
Mammals have two sets of teeth: primary and adult teeth. In
contrast, mice contain one set with two different types:
molars located at the proximal area and incisor located at
the distal area, which are separated by the toothless diastema
region. Mouse incisors grow continuously throughout the
lifetime in sharp contrast to the molars. It has been demon-
strated that the presence of stem cells, which are located in
the proximal end of the incisor, gives rise to the differentiated
tooth cell types, thus promoting continuous growth of this
tooth [18].

It has been widely held that tooth morphogenesis is char-
acterized by the sequential interactions between the mesen-
chymal cells derived from the cranial neural crest, and the
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stomadial epithelium [19, 20]. This process consists of several
phases, that is, bud, cap, and bell stages. In mice, the dental
mesenchyme is attributed to neural crest cells which are
derived from the midbrain and hindbrain regions around
embryonic day 8.5 (E8.5) [21–24]. The determination of
tooth-forming sites during E10.5 [25–27] and the thickening
of the dental epithelium at E11.5 have been considered as the
first signs of tooth development [28]. During the bud stage
(E12.5–E13.5), in both incisor and molar, the thickened den-
tal epithelium buds into the underlying mesenchyme, thus
forming the epithelial tooth bud around the condensed mes-
enchymal cells. At the subsequent cap stage (E14.5–E15.5),
the epithelial component undergoes specific folding. A cen-
tral event, during the transitional process between bud and
cap stages, is the formation of the enamel knot (EK), a struc-
ture composed of a group of nondividing cells. Moreover,
several signaling molecules, such as Shh, FGF4, FGF9,
BMP4, and BMP7, as well as Wnt10a/b, are restrictedly
expressed in the enamel knot. Several studies have shown
that the EK, as the signaling center, has an important role
in tooth cusp patterning control [29, 30]. During the follow-
ing bell stage, the ameloblasts and odontoblasts originate
from the dental epithelium and mesenchyme, respectively
[2]. At this stage, the secondary EKs (sEK) succeed the pri-
mary EKs (pEK) in the molar. In addition, the condensed
mesenchymal cells around the developing epithelial tooth
germ at the bud stage go on to differentiate into a supporting
alveolar bone that forms the sockets for the teeth at the bell
stage [31–33].

With reference to its origin, it has been reported that the
alveolar bone is formed by intramembranous ossification
[32, 33]. Intramembranous ossification starts with the mes-
enchymal cells which are derived from embryonic lineages
correspondingly, which then migrate towards the locations
of the future bones. Here, they form high cellular density
condensations that outline the size and shape of the future
bones. The mesenchymal cells subsequently differentiate
into osteoblasts, thus forming bone directly within the con-
densations [3].

3. Stem Cells in Incisor Renewal
and Osteogenesis

As it was previously mentioned, the adult mouse incisors can
grow unceasingly throughout their lifetime, and this growth
is counterbalanced by continuous abrasion. Essential to this
phenomenon is the presence of active somatic stem cells
which reside at the proximal end of the incisor. As a result,
extensive studies have uncovered that the epithelial and mes-
enchymal stem cells of the incisor give rise to ameloblasts and
odontoblasts, which are in turn responsible for producing
new tissue which replaces worn enamel and dentin [1].

The epithelial stem cells reside in a niche called the cervi-
cal loop. From contemporary understanding of ameloblast
development and maturation, these stem cells are located in
the outer enamel epithelium (OEE) and the stellate reticulum
(SR) of the labial cervical loop. These stem cells give rise to
the transit-amplifying (TA) cells, which are divided for sev-
eral generations and then differentiate into preameloblasts.

In turn, these cells give rise to mature ameloblasts that are
characterized by three component stages: presecretory, secre-
tory, and maturation zones [34]. In contrast, compared to the
epithelial counterparts, the stem cells which are derived from
the mesenchyme and reside in the dental pulp are relatively
poorly characterized [1].

In addition to incisor renewal, stem cells also show pow-
erful osteogenic potential due to their ability to differentiate
into osteoblasts. For instance, the condensation of mesenchy-
mal stem cells (MSCs) from the neural crest or mesoderm has
shown to stimulate the beginning of mammalian skeletal
development [4]. The alveolar bone tissue regenerates during
the process of bone repair and synostosis after implantation,
exodontia, and orthodontic treatment, indicating the impor-
tance of stem cells in bone repair and regeneration. Numer-
ous techniques have been used to stimulate stem cell-driven
osteogenesis [35], including direct implantation of undiffer-
entiated cells, or after in vitro differentiation, as well as stim-
ulation of native stem cell differentiation through cytokine
introduction. Adult bone marrow-derived mesenchymal
stem cells are potentially useful for craniofacial mineralized
tissue engineering [36]. It has been shown that compared
with conventional guided bone regeneration, implanted tis-
sue repair cells induce regeneration of alveolar bone and
decrease the need for secondary bone grafting [37].
Adipose-derived stem cells (ADSCs), like bone marrow stem
cells (BMSCs) that are derived from the mesenchyme and
provide a supportive stroma for cell differentiation, may be
extensively used in osteogenesis. Yet, larger quantities of
ADSCs may be harvested with less pain as opposed to
BMSCs [38]. In the clinical setting, further investigations
of optimization for stem cell harvesting as well as scaffold-
based delivery are required given the challenges in stem cell
transplantation [36].

4. FGFs and the Receptors

The mouse FGF family comprises 22 members and could be
divided into seven subfamilies: FGF1 (FGF1 and FGF2),
FGF4 (FGF4–6), FGF7 (FGF3, FGF7, FGF10, and FGF22),
FGF8 (FGF8, FGF17, and FGF18), FGF9 (FGF9, FGF16,
and FGF20), FGF11 (FGF11–14), and FGF15 subfamilies
(FGF15, FGF21, and FGF23) [39, 40]. FGF11 subfamilies
(FGF11–14), also known as iFGFs, lack signal peptides and
thus work as intracellular proteins. FGF15 subfamilies, con-
sisting of FGF15, FGF21, and FGF23, are also known as
hormone-like subfamilies (hFGFs) [41]. It is widely believed
that iFGFs and hFGFs act in an FGFR-independent manner
[42]. Other FGFs, which are also defined as canonical sub-
families, mediate their biological responses as extracellular
proteins by binding to and activating cell surface tyrosine
kinase FGF receptors (FGFRs) [39, 43]. FGFRs have been
identified as four related transmembrane proteins compris-
ing of a single transmembrane domain, an extracellular
ligand-binding domain, and an intracellular tyrosine kinase
domain [44].

Fgfr1–3 undergo alternative mRNA splicing events and
thereby generate alternative versions of the immunoglobulin-
like domain III (IIIb or IIIc) [45]. This process increases the
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ligand-binding properties via regulation in a tissue-
dependent manner [46–48]. The IIIb splice variant expres-
sion is predominantly detected in epithelial lineages and is
responsible for transducing signals initiated by FGFs
detected in the mesenchyme. Furthermore, the IIIc splice
variant is restrictedly expressed in mesenchymal lineages
and it transduces signaling from epithelial FGFs [49–53].
By contrast, Fgfr4 is not alternatively spliced [54].

Triggered by the dimerization of receptors, the transpho-
sphorylation and activation of FGFRs initiate signaling via
multiple downstream intracellular pathways [55]. By binding
to various arrays of adaptor proteins such as SHP2 and
growth factor receptor-bound protein 2 (GRB2) [56–59],
the activated receptor’s cytosolic domain in turn mediates
Ras signals to activate the downstream signaling cascades,
such as PI3K/AKT and MAPK pathways [60].

While FGF signaling, encompassing FGF and FGFRs,
occupies a critical position in regulating diverse cellular
functions, it could be regulated by various upstream regula-
tors. The most well-investigated regulator group are the
Sprouty genes, which encode antagonists of FGF signaling
by binding with GRB2 thus preventing Ras activation [61].
Other signaling pathways, for example, the Wnt pathway,
have been recently identified as a positive regulator of FGF
signaling [62].

5. Expression Patterns of FGFs during
Tooth Development

FGFs are expressed in the dental epithelium throughout
tooth development (Figure 1). During the initiation stage of
odontogenesis, the expressions of Fgf8, Fgf9, Fgf10, Fgf17,
and Fgfr2IIIb are detected in the prospective tooth region
around E10.5 to E11.5 [63–66]. In the same region, following
the formation of the dental lamina, Fgf8, Fgf9, Fgf15, and
Fgf20 are expressed, while the expression of Fgf10 in the epi-
thelium is decreased [63]. As the epithelial bud is formed
unceasingly in the dental lamina, the Fgf9 and Fgf20 expres-
sions persist while Fgf3 and Fgf4 are initiated [65, 66]. Fgf3,
Fgf4, Fgf9, Fgf15, and Fgf20 are expressed in the pEK after
its formation, while the expressions of Fgfr1IIIb, Fgfr1IIIc,
and Fgfr2IIIb are found in the dental epithelium. Fgf16 and
Fgf17 are expressed in the cervical loop epithelium [65]. In
the sEK at the bell stage, the Fgf4 and Fgf20 expressions are
restricted in the forming cusps. The expressions of Fgf9,
Fgf16, Fgfr1IIIb, and Fgfr1IIIc are detected in the differentiat-
ing ameloblasts. At the same time, the expressions of Fgf1,
Fgf9, Fgf16, and Fgf17 can be found in the cervical loop epi-
thelium of the incisor [65, 66].

During tooth development, the expressions of FGFs are
also detected in the mesenchyme (Figure 1). Fgfr1IIIc and
Fgf10 expressions are detected in the prospective tooth region
during the early stage [63, 66]. During the thickening of the
prospective tooth region epithelium which then forms the
dental lamina, the expressions of Fgf10 and Fgf18 are found
in the mesenchyme [63, 65]. After the formation of the epi-
thelial bud, the expressions of Fgf10 and Fgf18, as well as that
of Fgf3, are found; besides, Fgfr2IIIc expression appears [65].
After pEK formation, Fgf3, Fgf10, and Fgf18 are found in the

mesenchyme [65]. The expressions of Fgf16 and Fgf17 are
detected in the cervical loop mesenchyme while Fgfr1IIIc
and Fgfr2IIIc are expressed in the mesenchyme of the buc-
cal side [63, 65, 66]. At the late bell stage, Fgf3 is expressed
in the dental papilla, while Fgf10 is expressed in the differ-
entiating odontoblasts. In addition, Fgf15 is restricted to
the mesenchyme while the expressions of Fgfr1IIIb and
Fgfr1IIIc are located in odontoblasts [63, 65]. Moreover,
Fgf3, Fgf7, Fgf10, Fgf16, Fgf18, and Fgf21 are also detected
in the incisor [65].

The mesenchymal-derived alveolar bone is histologically
detectable after E13.0, and its early formation occurs by
E14.0. After E15.0, the development of the alveolar bone is
well progressed. Comparative PCR array analysis has shown
an increased statistical significance (14-fold) in the Fgf3
expression levels between E13.0 and E15.0 [67]. In addition,
Fgf7 transcripts have been detected in the developing bone
surrounding the tooth germ [63].

During tooth development, Sprouty (Spry) genes, as FGF
antagonists, are also expressed in different tissues [68]. Dur-
ing the cap stage, the expression of Spry1 appears in diastema
buds and is highly expressed in the tooth germs of the first
molar (M1), whereas Spry2 is strongly expressed in the epi-
thelium of both M1 tooth germ and diastema. Spry4 is
uniquely expressed in the mesenchyme in tooth germs of
M1 and in the diastema. Nevertheless, Spry3 is not detected
within the tooth germ.

6. The Role of FGFs during Tooth Development

6.1. The Role of FGFs during the Formation of Enamel. Tooth
formation begins with the first signals from the future tooth
epithelium at E9.5 [69]. In the area where a prospective tooth
forms, the oral ectoderm thickens; the epithelial Fgf8, Fgf9,
and Fgf17 expressions suggest that these FGFs may take part
in the initiation of tooth development [65, 66]. An early study
has shown that FGF8 can induce the expression of Pax9 in
mice, which reveals the prospective odontogenesis locations,
and is essential beyond the bud stage of tooth development
[25]. In the first branchial arch (BA1) with ectoderm
Nestin-Cre, conditional Fgf8 knockout leads to a decrease
in Pax9 expression in the expected molar region, and the for-
mation of molar is stopped. The deletion of Fgf8 does not
affect Pax9 expression within the presumptive incisor region,
and thus the incisor is formed in a normal manner. The
recent study has indicated that Fgf8-expressing cells labeled
during the initiation stage of molars can furnish the epithelial
cells and collectively migrate towards the dental lamina site
which is important for prospective molar positioning [70].
In addition, the conditional deletion of Fgf8 by E11.5 leads
to an arrest in the formation of the dental lamina, and it also
affects further development of the dental primordium and
leads to a shorter invaginated structure [70]. At this early
stage, Fgf10, a member from another FGF subfamily, is
expressed in the epithelium [63]. Teeth develop in Fgf10-defi-
cient mice, although a defect of the stem cell compartment in
the incisor cervical loop has been observed [71], and deletion
of Fgf9 which is also expressed at the early stage does not
affect tooth formation either [72, 73]. Fgf17 expressed at the
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early stage is another member from the FGF8 subfamily. The
expression of Fgf17 occurs in the prospective molar rather
than the incisor epithelium, indicating that FGF17 is
involved in presumptive molar site positioning, like FGF8
[65]. It is believed that FGF8 is essential in determining the
tooth type [25, 74], while FGF17 may also take part in this
process. At E10, Bmp2 and Bmp4 offset the induction of
Fgf8 at the transcription level of Pax9, before dental ectoderm
thickening. Furthermore, it has been shown that the initia-
tion of odontogenesis only occurs in regions with the pres-
ence of the inducer FGF and the absence of its antagonists
(BMPs), while the mesenchyme can react to the inducer.

The epithelium becomes thickened at the future tooth-
forming site and subsequently forms the multilayered epithe-
lium which then contributes to the dental lamina formation.
The Fgf10 expression is negatively regulated at this stage [63].
In the meantime, Fgf8 and Fgf9 are maintained in the epithe-
lium. In the dental lamina, the initiation of Fgf15 expression
is detected on the lingual side whereas the expression of Fgf20
is detected at the tip, implying that these FGFs participate in
epithelial thickening [65]. Interestingly, it appears that the
knockout of Fgf9, Fgf10, or Fgf20 does not affect epithelial
thickening or formation of lamina [73, 75]. This may result
from the compensation between these FGFs, and the combi-
nation of conditional deletion at this stage is necessary to
investigate the roles of these FGFs on lamina formation. In
addition, Fgf2rIIIb is detected in the odontogenic epithelium
at the early stage.

Subsequently, invagination of the dental lamina occurs in
the underlying mesenchyme, while the cells in the mesen-
chyme condense around the dental epithelium, thus contrib-
uting to the formation of tooth bud and cap. FGF expression

patterns suggest that the binding of FGF3 and FGF10 to
FGFR2IIIb activate FGF signaling from the epithelium at
the stages of invagination and tooth bud [64, 65]. In Fgfr2-
deficient mice, the formation of tooth is inhibited after thick-
ening of the epithelium. Although Fgf3 and Fgf10 in the mes-
enchyme can still be observed in Fgfr2 mutants, the Fgf3
expression in the epithelium is decreased [76].

Given that FGF3 and FGF10 bind to FGFR2IIIb, it is
important for these FGFs to be involved in the transitional
process to the tooth bud [77, 78]. Surprisingly, a single dele-
tion of Fgf3 or Fgf10 in mice does not affect early tooth
development, which proceeds normally to the cap stage.
The deletion of both Fgf3 and Fgf10 has revealed that the
development of molar is inhibited prior to the bud stage,
suggesting possible compensations between Fgf3 and Fgf10
during invagination of the dental epithelium [79, 80]. At
this stage, Fgf9 is highly expressed in the tip of the bud.
The deletion of Fgf9 does not affect tooth bud invagination
in mice; nevertheless, it affects progenitor cell differentiation
in the incisor [72, 73]. The defective invagination of the
dental epithelium in Runx2-deficient mice is recuperated
by exogenous FGF9 protein [72, 81], which suggests that
during tooth invagination FGF9 functions downstream of
RUNX2 as an important factor. These results imply potential
compensations between FGF9 and other FGFs in the epithe-
lium. In addition, FGF9 upregulates Msx1, a homeobox-
containing transcription factor essential for invagination of
the tooth bud [66, 82].

During bud invagination, FGF signaling also regulates
PITX2, an important transcription factor, whose expression
in the oral epithelium is initially controlled by FGF8 and
BMP4. FGF8 upregulates the expression of Pitx2 whereas
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Figure 1: Schematic depiction of the expression of FGFs and the receptors in molar development. The lamina (a), bud (b), cap (c), bell
(d), and late bell (e) stages of the mouse molar are shown in the frontal view.
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BMP4 represses it [83]. Fgf8 expression in the oral epithelium
decreases with the absence of Pitx2 [84, 85]. In addition, the
expression of Fgf20 is restricted to the tip of the tooth bud.
Early tooth development is not arrested in mice with deletion
of Fgf20 or Fgf9 [73]. Considering these redundant roles, it
would be useful to analyze double or triple FGF deletion to
gain a better understanding of gene function at this stage.
Recent study has shown that in the explant slice culture
system, after treatment with a pan-FGF receptor inhibitor
SU5402 at E11.5, a significantly shallower tooth bud has been
detected. Interestingly, SU5402 treatment at E12.5 only
results in narrower tooth bud formation, indicating that
FGF signaling takes part in epithelium stratification but
not placode invagination [86, 87]. This finding has been
further complemented by gain-of-function experiments
with FGF10-soaked beads towards the single-layered ton-
gue epithelium [86, 87].

At the bell stage, FGF signaling is important in the differ-
entiation of ameloblasts. The expressions of Fgf4 and Fgf9
are detected in the inner enamel epithelium (IEE) [66], while
the expression of Fgf2 is found in the SR, the expressions
of Fgfr1 and Fgfr2IIIb in the ameloblasts. With inactivation
of Fgfr1, dysfunctional ameloblasts produce disorganized
enamel [88]. In cultured embryonic molars, Fgf2 overexpres-
sion leads to a decrease in amelogenin expression, whereas
expression of amelogenin and formation of enamel increase
with inhibition of FGF2 [89]. In tooth cultures, exogenous
FGF2 and FGF4 promote the expression level of Tbx1, which
can be expressed in the epithelium and encode a transcrip-
tion factor. However, the expression of Tbx1 decreases in
Fgfr2−/− mice [90]. Besides, from in vitro cultured Tbx1-defi-
cient mice, there is lack of ameloblasts while enamel is not
formed in incisors, thus Tbx1 is necessary for the differentia-
tion of ameloblasts [91]. As downstream targets of FGFs,
members of the Ras superfamily are also involved in amelo-
genesis. With conditional Rac1 deactivation, a decreased level
of amelogenin is expressed in ameloblasts, which also loosely
attach to the secreted enamel matrix, and thus cause hypomi-
neralization in enamel [92].

Decreasing Sprouty expression level can increase FGF
signaling, which results in the formation of ectopic enamel
and supernumerary teeth formation [68]. Ameloblast differ-
entiation occurs and subsequently forms ectopic enamel on
the lingual side of the incisor in Spry2+/−;Spry4−/− mice [93,
94]. Furthermore, HRas are downstream of FGFs and hypo-
mineralization, and disorganization in enamel could be
caused by increased HRas signaling in mice which could be
rescued by inhibition of the MAPK pathway [95].

6.2. The Role of FGFs during the Formation of Dentin and
Supporting Bone Structure. During the initiation stage, apo-
ptosis occurs in mesenchymal cells in the BA1 proximal
region with the absence of FGF8, which has an important
role in survival of mesenchymal cells [96]. Fgf10 is also
expressed in the mesenchyme at this early stage [63]. As it
was mentioned previously, the deletion of Fgf10 in mice does
not affect the formation of teeth [71], as well as FGF9 which
is expressed in the epithelium at the same stage [72, 73].
Given these data, neither FGF9 nor FGF10 takes part in tooth

site positioning. Another possibility is the redundant roles of
these FGFs when the tooth initiates.

FGF18 is another member of the FGF8 subfamily. At the
lamina stage, Fgf18 expression is observed in the mesen-
chyme within the buccal side, unlike other FGFs from the
FGF8 subfamily that are expressed in the epithelium. In tooth
development, the function of FGF18 is still unknown, and
further studies are necessary to determine its role in odonto-
genesis. Moreover, Fgf1rIIIc is found to be expressed in the
mesenchyme at these early stages [66]. FGFs such as FGF2,
FGF4, and FGF9 onto mandibular explants at this stage
induce the expression of CCN2—one of the CCN proteins
which are cell-associated and extracellular molecules relevant
to several developmental processes—and can in turn pro-
mote dental mesenchymal proliferation [97].

Subsequently, dental lamina invagination takes place and
mesenchymal cells condense to form a tooth bud and cap. In
the mesenchyme during these stages, FGF4, FGF8, and
FGF20 bind to FGFR1IIIc while FGF4, FGF8, FGF9,
FGF16, FGF18, and FGF20 bind to FGFR2IIIc [64, 65]. Nev-
ertheless, condensation of dental mesenchymal cells is not
detected in Fgfr2−/− mice.

At the bud stage, the expression of FGF4 initiates in the
epithelium. But in Lef1-null mice, the expression of Fgf4 is
reduced in tooth germs at E13, which in turn causes an arrest
in mesenchymal condensation [98]. With exogenous FGF4,
Fgf3 expression is rapidly induced in mesenchyme and the
defect in Lef1−/− tooth germs is fully rescued [99]. These data
suggest that Fgf4 may function as a transcriptional target
gene of WNT signaling. At this stage, FGF18 is expressed in
the mesenchyme, except for the region underneath the epi-
thelium of the tooth bud. In order to understand the role of
this FGF in odontogenesis, further studies are necessary [65].

During the cap stage and early bell stage, the expressions
of Fgf3, Fgf10, and Fgfr2 are detectable in the mesenchyme.
Recent studies have demonstrated that Twist1, which is
expressed in the mesenchyme, could bind to Fgf10 and Fgfr2
promoters and in turn regulate the Fgf10 and Fgfr2 expres-
sions. In Twist2Cre/+;Twist1fl/fl mice, the expressions of Fgf3,
Fgf10, and Fgfr2 were significantly reduced at E14.5 and
E15.5, indicating that FGF signaling could be affected by
Twist1 [100–102].

At the bell stage, the differentiation turns the cells from
the dental papilla into odontoblasts, by which a dentin matrix
is secreted. This matrix promotes differentiation which turns
the epithelium into ameloblasts, which produce an enamel
matrix [103]. The differentiation of odontoblasts is induced
by FGFs from the EK [104, 105]. In addition, the expressions
of Fgf3 and Fgf10 are found in the mesenchyme, and their
expression is negatively regulated when dental papilla cells
undergo differentiation to become odontoblasts [63, 106].

As mentioned earlier, the supporting alveolar bone is
derived from condensed mesenchymal cells around the
developing epithelial tooth germ, and it subsequently forms
sockets for the teeth at the bell stage. During the formation
of a molar root, FGF2 that is expressed in differentiating
osteoblasts of the adjacent developing alveolar bone can
stimulate the proliferation of chondrocytes, osteoblasts, and
periosteal cells and stimulate the production of type I
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collagen [107]. FGF7, detected in the developing bone
surrounding the molar tooth germ and the mesenchyme
adjacent to the incisor cervical loop, is involved in the forma-
tion of alveolar bone [63]. Furthermore, the addition of FGF4
or FGF8 beads into mouse dental mesenchymal cells can
promote their osteogenic differentiation and the expression
of CBFA1, which belongs to the CBFA family and functions
as an important regulator for differentiating osteoblasts in
vertebrata [81]. Given the strong expression of CBFA1 in
osteoblasts in tooth alveolar bone at the late bell stage, sig-
naling of FGF4 and FGF8 from the epithelium may also have
an important role during alveolar bone formation. It has also
been reported that increased β-catenin signaling is related to
the fate of dental mesenchymal cells, while FGF3 can sustain
the odontogenic fate of incisor mesenchymal cells by down-
regulating intracellular β-catenin signaling [108]. Therefore,
the lack of FGF3 could induce the potency of mesenchymal
cells to differentiate into osteoblasts which are responsible
for the formation of the supporting bone structure. Since
the role of FGFs in supporting alveolar bone remains largely
unexplored, further investigations are still needed.

6.3. The Role of FGFs in Tooth Size, Shape, Number, and
Arrangement. The signaling center pEK, which regulates
the size and shape of the tooth, consists of nonproliferative
cells [109]. Different signaling molecules and their antago-
nists, including FGFs, Shh, Sprouty genes, BMPs, several
WNTs, and follistatin, are expressed in pEK [110]. pEK
cells cannot respond to FGFs since there are no FGF recep-
tors expressed in these cells [66]. The nonproliferative cells
in the pEK and the surrounding extensive proliferation
cells may explain the epithelial folding and the transition
process between the tooth bud and cap stages [15, 109].
Afterwards, the pEK induces the sEK in multicuspid teeth.
The spatial arrangement of sEK has also been shown to
contain a network of activators and inhibitors [111, 112].
The location and shape of the cusps are determined by
the proliferation and differentiation of the epithelial cells
which are regulated by the sEK; thus, the shape of the tooth
crown is determined.

In molars, pEK size can affect the shape of the invagi-
nated epithelium. Tooth size and cusp number decrease if
the size of the pEK is too small, since a small size can affect
the dental epithelium folding as well as the cervical loop
and sEK formation. Ectodysplasin (Eda) and Traf6 are two
members of the TNF-α family involved in tooth development
regulation. A small size of the pEK will be present in mice
without either of those proteins, and it will then result in
reduced tooth size and cusp number [113, 114]. The arrange-
ment of sEK will be changed in case signaling from the pEK is
compromised by changing its size or shape; thus, defects of
cusp will occur. Furthermore, molar shape and cusp patterns
will be altered under modulation in the levels of gene expres-
sion in BMP, SHH, and WNT signaling [62, 115–119].

In the mesenchyme, the expression of Fgf3 is maintained
by FGF4 and FGF9, which are detected to be highly expressed
in the pEK and sEK [63, 66]. FGF4 from the EK promotes the
proliferation and has a role in the development of tooth cusps
[30, 109]. Besides, FGF4 can also prevent cell apoptosis in the

dental epithelium and mesenchyme [120, 121]. Nevertheless,
inactivation of neither Fgf4 nor Fgf9 can affect tooth shape or
number [72, 73]. Moreover, epiprofin, a transcription factor
from the Sp family, can promote dental epithelial FGF9
which could elicit proliferation of dental mesenchymal cells
through FGFR1c; this is essential for the tooth morphogene-
sis with the correct shapes and proper sizes [122].

FGF20 is another member of the FGF9 family, and its
expression is found in the anterior bud of the lamina and
the EK, along with the expressions of Fgf3, Fgf4, Fgf9, and
Fgf15 [65, 66, 123]. During tooth development, FGF20 func-
tions as a downstream target of EDA: in Eda mutant mice,
the Fgf20 expression was reduced in molars, while it was
increased in Eda-overexpressing (K14-Eda) mice [73]. In
addition, Fgf20 knockout mice exhibited molar teeth with
reduced size and a mild change in the anterior cusp, while
the overall pattern of the cusp was normal in Fgf20 mutants.
Therefore, FGF20 has shown to have a crucial role in fine
tuning of the pattern of the anterior cusp and functions as a
regulator of tooth size. Double knockout of Fgf9 and Fgf20
has shown strong additive effects by strikingly shortening
the length of EK in comparison with the length of either sin-
gle deletion mutant, which implies the redundancy between
these two FGF ligands [73].

In themesenchyme, FGFs have been shown to be involved
in tooth shaping. Like Fgf20-deficient mice, Fgf3−/−;Fgf10+/−

mice exhibit small molars [73, 80], and the Eda−/− molar
phenotype can be partially offset by FGF10 in vitro [113].
Consequently, decrease in FGF signaling in either epithe-
lium or mesenchyme can lead to similar effects during
tooth formation.

Tooth number and arrangement are also found to be
tightly regulated by FGF signaling within the dentition.
Supernumerary teeth, which are mainly positioned at the
prospective site of the premolar, have been found in several
mutant mice. K14-Eda has been discovered as the first trans-
genic mouse line with ectopic teeth [124]. The following
studies have reported that in this genetic background, the
formation frequency of an extra tooth increased with lack
of Fgf20, while single deletion of Fgf20 could hardly promote
the formation of an extra molar [73]. Supernumerary incisors
and teeth anterior to the first molar have also been discovered
in mice with deletion of Sprouty genes [68, 125]. To sum up,
these findings indicate that FGFs function as stimulators,
while Sprouty genes function as endogenous antagonists of
FGF signaling in the development of the tooth.

7. The Role of FGFs in Incisor Stem
Cell Renewal

It is well known that continuous growth of rodent incisor is
counterbalanced by wear, which is promoted by the lack of
enamel on the lingual side of the tooth surface. The absence
of lingual ameloblasts results in the lack of enamel on that
side [126]. Asymmetric wear maintains the length of incisor
and leads to a sharp tip. The cervical loop includes various
cell types: IEE cells, OEE cells, SR cells, TA cells, and stratum
intermedium (SI) cells. In addition, an extra group of cells
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has been found between the SR and OEE [127]; however,
their exact function still remains unknown.

FGF signaling is known to have an important role in the
regulation of incisor cervical loop maintenance (Figure 2).
During incisor development, an overlapping expression of
Fgf3 and Fgf10 is initially detected in the dental papilla and
is maintained through E14 in the incisor bud [79]. The
expression of Fgf10 remains stable in the mesenchyme adja-
cent to both labial and lingual IEE of the developing cervical
loops from E16 to adulthood, while Fgfr1b and Fgfr2b are
expressed in the forming cervical loops. Fgf3 is the only pro-
tein expressed in the mesenchyme neighboring to the labial
IEE [18, 63, 79, 80]. These FGFs expressed in mesenchyme
are essential for the survival and proliferation of epithelial
stem cells in the forming cervical loops; nevertheless, they
are not essential for early ameloblast differentiation [79,
80]. This is consistent with the Fgf10−/− embryos, whose cer-
vical loop initially forms and then regresses due to increased
apoptosis and decreased growth [79]. However, teeth in Fgf3-
deficient mice are generally normal, which may result from
the redundancy of Fgf10. Interestingly, Fgf3−/−;Fgf10+/−

mutants develop a severely hypoplastic LaCL and either thin
or missing enamel layer, suggesting that FGF signaling levels
have an important role in the maintenance of the epithelial
stem cell pool in the incisor [80]. Coincident with this result,
mice without FGFR2IIIb have no distinct incisors at birth
[77]. In addition, Fgf9 is expressed in the epithelium of inci-
sor [65, 66] and may function as a key factor in activating
FGF expression in the mesenchyme [80, 128]. Consistent
with this view, Fgf3 and Fgf10 in the dental mesenchyme
are reduced with the genetic ablation of the core binding fac-
tor β, which in turn binds to Runx transcription factors and
is essential for Fgf9 expression in the epithelium [72]. FGF9
and FGF10 signaling both function through FGFR2b. The
defect in ameloblasts and enamel, the suppression in Shh
expression, and the decrease in cellular proliferation all occur
with the conditional knockout of Fgfr2b or decrease in signal-
ing via Fgfr2b [129, 130]. It coincides with the idea that in the
cervical loop, the proliferation and differentiation of the pro-
genitors are regulated by FGF9.

It has also been suggested that the spatial and quantitative
balance of FGF signaling is important in maintaining the
asymmetry of the incisor, where ameloblasts and enamel
are located in the labial side. The intracellular antagonists
encoded by Sprouty (Spry1, 2, and 4) are important regulators
of FGF. As mentioned earlier, the expressions of Sprouty
genes are detected in both labial and lingual epithelia and
the adjacent mesenchyme [93]. In Spry4−/−;Spry2+/−mutants,
both labial and lingual epithelial and mesenchymal cells
reveal a large increase in sensitivity to FGF signaling. As a
result, ectopic mesenchymal expressions of Fgf3 and Fgf10
as well as lingual ameloblast formation were observed [93].
The Sprouty genes may partially function by indirect regula-
tion of BCL11B and TBX1, transcription factors which are,
respectively, down- and upregulated in LiCL in Spry4−/−;
Spry2+/− mutants at E16.5 [91, 106]. At E16.5, deletion of
Bcl11b results in an inverted expression of Fgf3/10 in labial
and lingual mesenchymes, resulting in an expanded LiCL
and lingual ameloblast formation, with smaller LaCL and

an abnormal development in labial ameloblasts [106]. More-
over, a hypomorphic Bcl11b mutation has shown to induce
the proliferation of adult TA cells and to maintain the quan-
tity of epithelial stem cells. Yet, whether this mechanism
includes FGF3 remains unknown [131]. On the other hand,
TBX1 induces the proliferation of incisor epithelial cells by
inhibiting the transcriptional activity of PITX2, which in turn
supports the expression pattern of p21, a cell cycling inhibi-
tor [132]. Supporting this view, incisors of Tbx1-deficient
mutants cultured in kidney capsules exhibit hypoplasia and
complete lack of enamel [91].

The expression of E-cadherin is negatively regulated by
FGFs in the stem cells, which causes these cells to migrate
out of the niche, followed by proliferation and differentiation
into TA cells, which can become ameloblasts afterwards. In
Fgf3−/−;Fgf10+/− mice, no downregulation of E-cadherin
expression is detected in the TA region, while cell prolifera-
tion decreases dramatically [127]. However, an abnormal
expression of Fgf3 has been found in the lingual side of the
mesenchyme in Spry2+/−;Spry4−/− mice, which in turn leads
to the formation of TA cells and ameloblasts without lingual
E-cadherin [93, 127].

The Shh expression is partly regulated by Fgf9 in the epi-
thelium. The mice exhibit a reduction in the size of the labial
cervical loop, where the Shh expression area expands to a
more posterior location due to the deletion of Fgf9 [72].
Shh mRNA expression is significantly downregulated by
ectopic FGF9 in incisor explants [72]. Given the essential role
of TA region Shh expression in ameloblast differentiation
[133], FGF9 may take part in protecting progenitor cells from
the Shh signal so as to keep them undifferentiated in the cer-
vical loop. This would be parallel to the forming limb, where
Etv4/5 dependent on FGF is necessary to repress Shh expres-
sion in the mesenchyme of the anterior limb bud and limit
Shh expression posteriorly [134, 135]. Yet, it is not clear
whether Etv family molecules have similar roles during the
development of the incisor.
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Figure 2: Expression patterns of FGF signaling molecules involved
in the regulation of incisor cervical loop maintenance. Fgf3 is
expressed in the mesenchyme adjacent to LaCL, while Fgf10 is
expressed in the mesenchyme adjacent to both LaCL and LiCL.
Fgf9, Fgfr1, and Fgfr2 are restricted in transit-amplifying cells.
LaCL: labial cervical loop; LiCL, lingual cervical loop; TA cells:
transit-amplifying cells; OEE: outer enamel epithelium; SR: stellate
reticulum.
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BMP4 and activin, two proteins from the TGFβ family,
modulate the activity of FGF and the regulation of the
asymmetry of the incisor during incisor development. The
symmetrical expression of BMP4 occurs throughout the mes-
enchyme and suppresses the expression of Fgf3 indirectly in
the lingual mesenchyme. The expression of activin is more
robust in the labial mesenchyme, and the bead implantation
study in incisor explants at E16 indicates that activin offsets
the effect of BMP4 [80]. This can maintain the expression
of Fgf3 on the labial side of the mesenchyme and in turn
increase the proliferation of stem cells. In addition, the activ-
ity of residual activin on the lingual side is counteracted by
follistatin that was detected in the lingual epithelium and
functions to preserve the effect of BMP4 on repressing the
Fgf3 expression in the lingual mesenchyme. Consequently,
embryos without the Fst gene which encodes follistatin have
shown to exhibit ectopic expression of Fgf3 in the lingual
mesenchyme; these results in the expanded LiCL and lingual
ameloblasts as well as enamel formation [80]. On the con-
trary, Fst misexpression in the epithelium leads to a reduc-
tion in the expression of Fgf3 and subsequently causes
reduced proliferation and the size of LaCL [80]. BMP4 can
also increase the differentiation ability of ameloblasts in the
more distal side of the labial epithelium, while in the lingual
epithelium this process is repressed by follistatin expressed
locally to maintain the asymmetry of the incisor [136]. Coin-
cident with the view that BMP4 acts in two regions of the
incisor during its development, misexpression of noggin
(the inhibitor of BMP) leads to incisor hyperplasia because
in the cervical loop the proliferation of the population of pro-
genitor cells is promoted. However, as ameloblast differenti-
ation normally promoted by BMP signaling is inhibited, the
incisors do not form enamel in the mutant [137]. Further-
more, mesenchymal TGFβ receptor type I (Alk5/Tgfbr1)
can modulate the proper initiation of tooth and the epithe-
lium development of the incisor [138, 139]. Mesenchymal
Fgf3 and Fgf10 expressions were downregulated when Alk5
was knocked out specifically in the mesenchyme, causing
fewer label-retaining cells and decreased proliferation in the
cervical loop. Exogenous FGF10 proteins could rescue this
phenotype in incisor explant culture [138]. The mesenchy-
mal expression of Fgf is partially activated via transcription
factors MSX1 and PAX9, which can initiate Fgf3 and Fgf10
by E12.5 and in turn contribute to subsequent incisor devel-
opment [128, 139, 140]. Moreover, with epithelial deletion of
Isl1, FGF signaling is upregulated and is associated with both
lingual cervical loop-generated ectopic enamel and labial side
premature enamel formation [141]. FGF signaling and
downstream signal transduction pathways are also sup-
pressed in Ring1a−/−;Ring1bcko/cko incisors [142].

It has also been reported that FGF signaling is required
for stem cell self-renewal and can prevent differentiation of
dental epithelial stem cells (DESCs) in the cervical loop and
in the DESC spheres. The inhibition of the FGF signaling
pathway can decrease proliferation and increase apoptosis
of the cells in the DESC spheres. On the other hand, inhibit-
ing FGFR or its downstream targets can decrease Lgr5-
expressing cells in the cervical loop and induce cell differen-
tiation in both cervical loop and the DESC spheres [143]. In

addition, FGF signaling may also be required for YAP-
induced proliferation in T-A cells [144].

8. The Importance of FGF Signaling in Human
Tooth Development

It has been shown that in clinics, FGFs are required for
human tooth development. Its dysregulation seriously affects
tooth development in humans, leading to enamel defects and
tooth agenesis. Lacrimo-auriculo-dento-digital (LADD;
Online Mendelian Inheritance in Man (OMIM) database
no. 149730) syndrome, a congenital autosomal dominant
disorder, results from the heterozygous missense mutations
in FGF10, FGFR2, and FGFR3. LADD is characterized by
aplasia, hypoplasia/atresia of salivary/lacrimal glands, ears
with cup shape, and hearing loss [145–148], as well as various
dental phenotypes, including hypodontia, teeth with peg
shape, and hypoplastic enamel [149]. In addition, compound
heterozygous or homozygous FGF3mutations cause congen-
ital deafness with labyrinthine aplasia, microtia, and micro-
dontia (LAMM; OMIM no. 610706) syndrome which is
also characterized by malformed external ear, malformed/
missing inner ear, and peg-shaped teeth with reduced size
[150–152].

Mutations in FGFRs can also cause several syndromes
such as Apert and Crouzon syndromes. Among them, the
Apert syndrome (OMIM no. 101200) derives from gain of
function in FGFR2 mutations and is characterized by hypo-
plasia of midface, craniosynostosis, and syndactyly of the
hands and feet [153]. The mutations in FGFR2 can cause
Crouzon syndrome (OMIM no. 123500) characterized by
craniosynostosis, leading to hypertelorism, prognathism of
mandible, hypoplastic maxillary, and short upper lip [154].
Patients with Apert and Crouzon syndromes usually exhibit
hypodontia, mostly of the third molar, second incisor in
maxillary, and second premolar in mandible [155, 156].

It has also been reported that the application of FGF2 can
promote the regeneration of periodontal tissues [157, 158].
In this study, a clinical trial was performed in 253 adult peri-
odontitis patients. A modified Widman periodontal surgery
was carried out, and during the surgery, a 200μL investiga-
tional formulation containing FGF2 in different concentra-
tions was applied to 2- or 3-walled vertical bone defects.
The application of FGF2 showed a significant effect over
the placebo-control group (p < 0 01) for the bone fill percent-
age after 36 weeks of administration. The results demonstrate
that topical FGF2 application can treat the bone defect
caused by periodontitis and it can be efficacious in human
periodontal tissue regeneration [158]. In addition, FGF2
can also promote the neovascularization of human dental
pulps which is severed [159]. Human molars without caries
were used for preparation of tooth slices which were then
treated with 0–50ng/mL recombinant human FGF2 for a
week in vitro. The result showed that the density of microves-
sel in dental pulps was enhanced with FGF2 treatment com-
pared with untreated controls, indicating that topical
application of FGF2 in advance of replantation might be effi-
cacious in the treatment for avulsed teeth [159]. Another
study isolated and characterized stem cells from inflamed
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pulp tissue of human functional deciduous teeth (iSHFD) in
order to investigate the role of FGF2 on the potential of
regeneration of these cells [160]. Application of FGF2 to
iSHFD during their expansion improved the colony-
forming efficiency of the cells and increased their potential
of migration and proliferation, but decreased their potential
of differentiation in vitro. This provides a good stem cell
source for future applications in clinics and a new way to
use inflamed tissues which has to be discarded before.

Given the results of these studies, the application of FGFs
can be a potential treatment for human dental diseases, even
for those defects in tooth development as well as for the
syndromes caused by mutations in FGFs and FGFRs. The
delivery of FGFs to the primary nidus still needs to be
improved, and further clinical trials are also required.

9. Conclusion

FGF signaling has been the focus of intense interest over the
past years, and thus, it has been investigated both in vitro and
in vivo, by using different cell and genetic mouse models. The
FGF expression has an important role in different stages of
tooth development, including tooth initiation and mineral-
ized tissue formation. Uniquely in rodents, FGFs are essential
to maintaining the stem cell niche fueling the unceasingly
growing incisor throughout their lifetime. The tooth offers
an attractive model to further dissect the regulation and
transduction of FGFs in developmental as well as stem cell
biology. Despite the understanding of the role of FGF signal-
ing, many questions remain unexplored. Thus, it is necessary
to further investigate more molecular mechanisms which
regulate FGFs and examine their other pathways. In addition,
like the irreplaceable function of FGFs in regeneration and
tissue homeostasis in the mouse model, FGFs have also been
found to be involved in these processes in humans. By con-
trolling the activity of FGFs, it could be possible to obtain
novel methods to treat human diseases. Studies on the under-
lying mechanism of FGF regulation in teeth may potentially
extend the current knowledge of other organ systems and
may also offer insights into progression of diseases, present-
ing new therapeutic approaches.
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