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Maintenance of normal intracellular redox status plays an
important role in regulating many physiological processes.
The cellular oxidation and reduction environment is influ-
enced by the production and removal of reactive oxygen
species (ROS). Unbalanced levels of ROS are a common
characteristic of many acute and chronic degenerative dis-
eases such as cancer, cardiovascular diseases, type II diabetes,
acute liver and renal failure, and neurodegenerative disorders
including Parkinson’s and Alzheimer’s diseases and strokes.
On the other hand, in the last years it has been shown that
not only are ROS detrimental to cells but at physiological
level they regulate a myriad of cellular processes including
transcription regulation and cell signaling. Several reports
support the hypothesis that cellular ROS levels could function
as “second messengers.” The second messenger properties of
ROS are believed to activate signaling pathways by regulating
kinases, phosphatases, transcription factors, or ion channels
to coordinate the final response of the cell. Understanding
the crosstalk between signaling, ROS, and cell homeostasis
is fundamental for understanding redox biology and disease
pathogenesis.

This special issue provides a selection of original articles
as well as reviews focused on the role of redox signaling in
different cell systems and pathological conditions.

A role for intracellular ROS production has been recently
implicated in the pathogenesis and progression of a wide
variety of neoplasias. ROS sources, such asNAD(P)H oxidase
(Nox) complexes, are frequently activated in acute myeloid

leukemia blasts and strongly contribute to proliferation,
survival, and drug resistance of these cells. M. Guida et
al. investigated the role of nuclear Nox-derived ROS in
myelodysplastic syndromes (MDS).They reported, in human
MDS samples, thatNox4 isoform is localized into the nucleus.
Moreover, they demonstrated Nox4 presence in speckle
domains proposing that Nox4 could be involved in regulating
DNA-mRNA processing machinery by ROS production in
specific nuclear area and that Nox4 interacts with Akt and
ERK signaling, suggesting a role of nuclear signaling disreg-
ulation in MDS progression.

J. K. Kwee explored the paradoxical double effect of
antioxidants in solid cancer cells. Antioxidants may ham-
per the efficacy of chemotherapy by scavenging reactive
oxygen species and, on the other hand, alleviate unwanted
chemotherapy-induced toxicity, thus allowing for increased
chemotherapy doses. From this point of view, themodulation
of intracellular antioxidant concentration is a double-edged
sword, with both sides exploited for potential therapeutic
benefits.

Caveolae/lipid rafts are membrane-rich cholesterol
domains endowed with several functions in signal trans-
duction and caveolin-1 (Cav-1) has been reported to be
implicated in regulating multiple cancer-associated process-
es, ranging from tumor growth to multidrug resistance and
angiogenesis. As vascular endothelial growth factor receptor-
2 (VEGFR-2) and Cav-1 frequently colocalize, C. Caliceti et
al. investigated the presence of VEGFR-2 in caveolae/lipid
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rafts in a leukemia cell line. Results demonstrated that
caveolae/lipid rafts act as platforms for negative modulation
of VEGF redox signal transduction cascades leading to
glucose uptake and cell proliferation, suggesting therefore
novel potential antileukemia targets.

Persistent inflammatory and oxidative stresses are hall-
marks of most chronic degenerative diseases such as cardio-
vascular diseases and CNS pathologies (Alzheimer’s, ALS).
T. B Kuhn observed that both TNF𝛼 and Il-1𝛽 impaired
morphology and motility of growth cones in spinal cord
neuron cultures. Interestingly, inhibiting NADPH oxidase
activity rescued loss of neuronal motility and morphology,
suggesting that NADPH oxidase serves as a pivotal source of
oxidative stress in neurons and, together with a disruption of
actin filament reorganization, contributes to the progressive
degeneration of neuronal morphology in the diseased or
aging CNS.

Mild cognitive impairment (MCI) is regarded as a pro-
dromal phase of late onset Alzheimer’s disease (LOAD). It
has been proposed that oxidative stress might be implicated
in the pathogenesis of LOAD. C. Cervellati et al. investigated
whether a redox imbalance, measured as serum level of
hydroperoxides and/or serum antioxidant capacity, might be
predictive of the clinical progression of MCI to LOAD.Their
results suggested that oxidative stress might be precociously
involved in LOAD pathogenesis but the two markers are not
able to predict the progression fromMCI to LOAD.

The review of C. Angeloni et al. focused on the new
emerging role of advanced glycation end products (AGEs),
induced by high glucose levels or methylglyoxal (MG), in
the pathogenesis of Alzheimer’s disease (AD). AGEs exten-
sively cross-link proteins in A𝛽 deposits and neurofilaments
exacerbating AD pathological hallmarks. Moreover, AGEs
and MG are neurotoxic mediators of oxidative stress in the
progression of AD and are capable of activating many redox
signaling pathways such as ERK1/2, JNK, and p38 MAPK
leading to apoptosis and cellular dysfunction.

Peroxisomes provide glial cells with protective functions
against the harmful effects of H

2
O
2
on neurons and perox-

isome impairment results in nervous lesions. The study of
L. D. C. Mannelli et al. highlighted that the PPAR-𝛾 block
in astrocytes is strictly related to reduced catalase function-
ality and expression with a general decrease in antioxidant
defenses of the cell. The relevance of the damage induced by
PPAR-𝛾 impairment suggests that hypofunctionality of this
receptor in glial cells could be present in neurodegenerative
diseases and participate in pathological mechanisms through
peroxisomal damage.

The review of C. Caliceti et al. describes howROS regulate
Notch and Wnt pathways in the cardiovascular system.
Scientific evidences show a sequential and direct link between
Notch and Wnt signaling pathways in tuning endothelial
cells (ECs), cardiomyocytes functions, and vascular morpho-
genesis. Understanding the molecular mechanism regulated
by ROS could lead to the development of new therapeutic
approaches for cardiovascular diseases.

The so-called “glucose spikes,” mainly occurring after
meals, confer a high cardiovascular risk attributed to acute
increases of oxidative stress. The study of I. Russo et al.

mimicked “the glucose spikes” in vitro incubating vascular
smooth muscle cells (VSMC) with high glucose and demon-
strating that high glucose, via oxidative stress, can reduce
the cardiovascular protection conferred by the NO/cGMP
pathway via phosphorylation of the cytoskeleton protein
VASP in VSMC.

The cross-sectional population-based study of C. Cervel-
lati et al. was conducted to investigate the role of oxidative
stress in the derangement of bone homeostasis, a hallmark
of postmenopausal osteoporosis (PO). They showed an asso-
ciation between increased hydroperoxides serum levels and
reduced bone density in postmenopausal women, suggesting
that oxidative stress might play a role in the development of
PO by enhancing bone resorption rate.

Redox imbalance of luminal pyridine nucleotides in the
endoplasmic reticulum (ER) together with oxidative stress
results in the activation of autophagy. O. Kapuy and G.
Bánhegyi demonstrated that the depletion of ER NADPH
in HepG2 cell line, either by the pharmacological agent
metyrapone or by silencing the key proteins of luminal
NADPH generation, switched on an autophagic mechanism
with the incomplete inactivation of the mTOR pathway.

Fibrogenesis is widely considered as the result of a
dysregulated wound healing response. In particular, failure of
the wave of myofibroblast apoptosis during wound healing
combined with an autocrine feed-forward loop of TGF-𝛽
production leads to the development and persistence of large
numbers of myofibroblasts, a hallmark of fibrotic disorders.
The review of N. Sampson et al. summarizes recent in vitro
and in vivo data demonstrating that TGF-𝛽-induced myofi-
broblast differentiation is driven by a prooxidant shift in
redox homeostasis.

Collectively, the papers of this special issue provide a
better understanding of the role of redox signaling in the
pathophysiology of different degenerative diseases and we
hope that these contributions could encourage further studies
in this important field.

Cristina Angeloni
Tullia Maraldi
David Vauzour
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A persistent inflammatory and oxidative stress is a hallmark of most chronic CNS pathologies (Alzheimer’s (ALS)) as well as the
aging CNS orchestrated by the proinflammatory cytokines tumor necrosis factor alpha (TNF𝛼) and interleukin-1 beta (IL-1𝛽).
Loss of the integrity and plasticity of neuronal morphology and connectivity comprises an early step in neuronal degeneration
and ultimate decline of cognitive function. We examined in vitro whether TNF𝛼 or IL-1𝛽 impaired morphology and motility of
growth cones in spinal cord neuron cultures. TNF𝛼 and IL-1𝛽 paralyzed growth cone motility and induced growth cone collapse
in a dose-dependent manner reflected by complete attenuation of neurite outgrowth. Scavenging reactive oxygen species (ROS)
or inhibiting NADPH oxidase activity rescued loss of neuronal motility and morphology. TNF𝛼 and IL-1𝛽 provoked rapid, NOX-
mediated generation of ROS in advancing growth cones, which preceded paralysis ofmotility and collapse ofmorphology. Increases
in ROS intermediates were accompanied by an aberrant, nonproductive reorganization of actin filaments. These findings suggest
that NADPH oxidase serves as a pivotal source of oxidative stress in neurons and together with disruption of actin filament
reorganization contributes to the progressive degeneration of neuronal morphology in the diseased or aging CNS.

1. Introduction

A spreading inflammatory reaction accompanied by oxida-
tive stress is prevalent in most chronic CNS diseases and
acute CNS trauma as well as in the aging CNS [1–3]. The
proinflammatory cytokines TNF𝛼 (tumor necrosis factor 𝛼)
and IL-1𝛽 (interleukin-1𝛽) exert pleiotropic functions both
in CNS development and CNS pathogenesis [4–6]. Persistent
high-level expression of TNF𝛼 and IL-1𝛽 is important to
the progressive degeneration of neuronal connectivity and
loss of neuronal plasticity ultimately leading to cognitive
decline. The role of TNF𝛼 and IL-1𝛽 as inducers of apoptotic
events is well documented, whereas the recognition of their
morphogenetic function is more recent [7]. TNF𝛼 and IL-
1𝛽 released from microglia cells inhibited neurite outgrowth,
reduced branching, and caused neurite retraction in cultures
of Neuro2A cells or primary hippocampal neurons [8, 9].The
intricate pattern of neuronal connectivity innate to cognitive

function rests as much on the integrity and stability of the
axonal and dendritic architecture as on the plasticity ofmotile
structures to maintain, form, or regenerate connections,
which is intimately linked to the dynamic reorganization
of the actin cytoskeleton [10, 11]. ROS intermediates greatly
affect both the dynamics and organization of actin filaments
during oxidative stress of physiological redox signaling [12,
13]. TNF𝛼 paralyzed actin filament reorganization in neurob-
lastoma cells due to oxidative damage, whereas physiological
levels of ROS intermediates seem to be necessary for proper
growth cone motility [14, 15]. TNF𝛼 and IL-1𝛽 potently
stimulate NADPH oxidase (NOX) activities in neurons and
glia cells often localized in coalescing lipid rafts [16, 17].
The members of the NADPH oxidase (NOX) family (NOX1–
5, DUOX1/2), defined by the large membrane flavoprotein
gp91phox of the phagocyte NAPDH oxidase (NOX2), are
ubiquitously expressed in all cell types and have emerged as
principal ROS sources both in cellular signaling and disease
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progression in response to cytokines, growth factors, and
hormones [18, 19]. Functional NOX requires an intricate
assembly between two membrane proteins (a NOX isoform,
gp22phox) and several cytosolic factors (p47phox, p40phox,
p67phox) under the regulation of the small GTPases Rac1
or Rac2 [20]. Rho GTPases harbor a dual role in cytokine
signaling as regulators of both NOX assembly and the
reorganization of actin filament structures [21–23]. In light
of these reports, we examined whether ROS intermediates
generated by NOX activities in neuronal growth cones are
implicated inmediating the neurotoxic effects of TNF𝛼 or IL-
1𝛽 on neurite outgrowth. Amechanistic understanding of the
detrimental consequences of TNF𝛼 and IL-1𝛽 on neuronal
connectivity in the CNS neurons is vital to intervene with
progressive neurodegeneration in the aging or diseased CNS.

2. Materials and Methods

2.1. Reagents. Unless state otherwise, all reagents were pur-
chased from Sigma (St. Louis, MO). Dulbecco’s Modi-
fied Eagle Medium (high glucose DMEM), Leibovitz’s L-
15, and isopropyl 𝛽-D-thiogalactopyranoside were obtained
from Invitrogen Corporation (Carlsbad, CA). Character-
ized fetal bovine serum (FBS) was from Hyclone (Logan,
UT) and it was heat-inactivated according to the manu-
facturer. Laminin was from Roche Diagnostics Corporation
(Indianapolis, IN). The redox sensitive fluorescent indi-
cators carboxymethyl-2,7-dihydrodichlorofluorescein diac-
etate, 2,7-dihydrodichlorofluorescein diacetate, and Cal-
cein Blue were obtained from Molecular Probes (Eugene,
OR). Human recombinant tumor necrosis factor 𝛼 (TNF𝛼)
and interleukin-1𝛽 (IL-1𝛽), Diphenylene iodonium (DPI),
N-acetyl-L-cysteine (NAC), and Manganese(III) tetrakis(4-
benzoic acid) porphyrin chloride (MnTBAP) were purchased
from Calbiochem (San Diego, CA). Polyclonal rabbit anti-
TNF receptor I, polyclonal rabbit anti-TNF receptor II,
polyclonal rabbit anti IL-1 receptor type I, polyclonal goat
anti-NOX2, polyclonal goat anti-p47phox including respective
blocking peptides were all from St. Cruz Biotechnology
(St. Cruz, CA). A monoclonal mouse anti-p44/42 MAPK,
a monoclonal mouse anti-phospho p44/42 MAPK, and a
monoclonal mouse anti-phospho JNKwere fromCell Signal-
ing Technologies (Danvers, MA). Fluorescein or rhodamine-
labeled goat anti-rabbit and goat anti-mouse IgG (resp.)
were from Chemicon (Temecula, CA), whereas rhodamine-
conjugated phalloidin was obtained from Cytoskeleton Inc.
(Denver, CO). The polyclonal rabbit anti-p67phox was pur-
chased from Abcam (Cambridge, MA).

2.2. Spinal Cord Neuron Cultures. Dissociated, low-density
cultures of spinal cord (SC) neurons were established as
described [24]. Briefly, spinal cord tissue was dissected from
7 day-old chick embryos (E7) and a single cell suspension
obtained after enzymatic digestion (0.5mg/mL trypsin, 2mM
EDTA, 10min, 37∘C) followed by trituration. After preplating
(1 h, 37∘C, 5% CO

2
atmosphere, high glucose DMEM, pH

7.3/10% FBS), nonadherent cells (predominantly SC neurons)
were collected (3min, 200×gmax) and resuspended in SC

medium (high glucose DMEM pH 7.3, 10% FBS, 12 nM
fluorodeoxyuridine, 30 nM uridine, and 1% N3 nutrient
supplement) [25]. SC explants were prepared by pushing
freshly dissected E7 spinal cord tissue through a wire-mesh
(50–75𝜇m). Dissociated SC neurons (75,000 cells/mL) or SC
explants (2 per culture) were plated onto glass cover slips (22
× 22mm2, number 1, Carolina Biological Supply Company,
Burlington, NC) mounted over a 1.5 cm hole drilled into
the bottom of a 35mm culture dish. Glass cover slips were
treated with poly-D-lysine (100 𝜇g/mL, borate buffer pH
8.4, 30min, RT) prior to coating with laminin (5𝜇g/cm2,
30min, RT). These SC neuron cultures contained less than
5% nonneuronal cells with no immunoreactivity against
microglia markers.

2.3. Growth Cone Particle Preparations. Preparations of
highly enriched growth cone particles were obtained from
freshly dissected whole chick embryo brains (E10-12) [26, 27].
After homogenizing (Dounce homogenizer, ice-cold 5mM
HEPES pH 7.3, 1mM MgCl

2
, 0.32M Sucrose, 6–8 volumes

per wet weight), homogenates were centrifuged (15min,
1600×gmax, 4

∘C). Resulting supernatants were overlaid onto
5mM HEPES pH 7.3, 1mM MgCl

2
, and 0.75M sucrose and

then centrifuged (150,000×gmax, 1 h, 4
∘C), and material at

the interface was collected. After dilution (6-7 times in low
sucrose buffer), the suspension was overlaid ontoMaxiDense
(4-5 sample volumes per volumeMaxidense) and centrifuged
at 40,000×gmax (1 h, 4

∘C), and growth cone particles (GCPs)
were collected on top of the MaxiDense cushion. GCPs
were resuspended in Kreb’s buffer (145mMNaCl, 5mM KCl,
1.2mM NaH

2
PO
4
×H
2
O, 1.2mMMgCl

2
, and 5mMHEPES

pH 7.3) and protein concentration determined (BCA assay,
Thermo Scientific, Rockford, IL, USA).

2.4. Measurement of Neurite Lengths. Dissociated SC neu-
rons were grown after the onset of neurite outgrowth indi-
cated by the majority of cells extending at least one process
longer than 2 cell body diameters. Cultures were incubated
(1 h) with pharmacological agents, followed by bath appli-
cation (6–8 h) of 100 ng/mL TNF𝛼, 100 ng/mL IL-1𝛽, or
10 𝜇g/mL ovalbumin. After fixation (2% glutaraldehyde), the
length of the longest neurite per neuron was measured of
at least 50 randomly selected SC neurons only considering
processes adhering to the following criteria: (i) emerging
from an isolated cell body, (ii) longer than two cell diameters,
and (iii) no contact to other neuronal processes or cell bodies.
The distribution of neurite length in a population of SC
neurons was obtained by plotting the percentage of neurons
with neurites longer than a given length against neurite length
[28]. As a characteristic for neurite outgrowth under a given
condition, the neurite length reached by 50% of neurite-
bearing SC neurons (NL

50
) was calculated as criteria for

statistical significance [29]. Purified, recombinant Rac1V12-
GST, Rac1N17-GST, or GST were introduced into freshly
dissociated SC neurons (7–10mg/mL, 500,000 cells, 200𝜇L
50mM Tris-Cl pH 7.5, 100mM NaCl, and 5mM MgCl

2
)

by trituration loading at the time of plating [26]. Following
trituration, SC neurons were immediately transferred in SC
medium and plated as described above. For each condition,
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measurements were performed in duplicate cultures from
two independent dissections.

2.5. Measurement of Growth Cone Advance. Dissociated SC
neurons (12 to 16 h in culture) were transferred into obser-
vation medium (Leibovitz’L15 without phenol red, pH 7.4,
5mg/mL ovalbumin, 1% N3), overlaid with light mineral
oil to avoid evaporation, and placed onto the microscope
stage equilibrated at 37 ± 0.2∘C (Nikon TE2000 U). After
15-minute recovery, images of advancing growth cones (20x,
phase contrast) were acquired at 3-minute time intervals for a
30min time period (Coolsnapfx, Photometrics, Tuscon, AZ).
Cytokines (100 ng/mL TNF𝛼, 100 ng/mL IL-1𝛽) or 10 𝜇g/mL
Ovalbumin were bath-applied at 𝑡 = 8min. The extension
of the growth cone/neurite boundary (𝜇m) was measured
as a function of time (min) (Metamorph Software, Meridian
Instrument Co, Kent, WA). At least 20 growth cones were
monitored for each condition in duplicate cultures from at
least two different dissections.

2.6. Recombinant Mutant Rac1 Protein. Recombinant
Rac1V12-GST or Rac1N17-GST protein was induced in E. coli
DH5𝛼 with 0.5mM isopropyl 𝛽-D-thiogalacto-pyranoside
(4 h) [30]. After cell lysis (50mM Tris-Cl pH 7.5, 50mM
NaCl, 5mM MgCl

2
, and 1mM dithiothreitol), a soluble

protein fraction was obtained (20,000×gmax, 20min, 4∘C)
and subjected to affinity chromatography on glutathione-
conjugated agarose. Bound proteins were eluted (5mM
glutathione in lysis buffer), concentrated to 5–7mg/mL in
50mM Tris-Cl pH 7.5, 100mM NaCl, and 5mM MgCl

2

(Centrifugal Devices, Millipore, Bedford, MA), and stored
in 100 𝜇L aliquots at −80∘C after snap-freezing. Protein
preparations showed single bands on Coomassie blue-
stained 10% SDS polyacrylamide gels.

2.7. Adenoviral Expression of Rac1 Mutants in SC Neurons.
Recombinant, replication deficient adenovirus carrying genes
for constitutively active Rac1 (Rac1V12 withN-terminal FLAG
tag), dominant negative Rac1 (Rac1N17 with N-terminal
FLAG tag), or lacZ were expressed in E7 chick SC neurons as
described previously [31]. At the time of plating, dissociated
SC neurons were infected with recombinant adenovirus at
200 moi (multiplicity of infection) in 300 𝜇L SC medium.
Cultures were replenished with 200 𝜇L fresh SC medium
after 12 h and grown for additional 48 h. At three days after
infection, yields of neuronal infections generally exceeded
70% [31, 32]. Amplification of viral stocks was performed
in 293 HEK cells and titers greater than 5 × 108 plaque
forming units per mL were routinely obtained. Viral stocks
were stored at –80∘C.

2.8. Quantitative ROS Imaging in SC Neuron Cell Bodies.
Dissociated SC neurons were loaded with 10𝜇M 2,7-
dihydrodichlorofluorescein diacetate (DCF) or 5 𝜇M dihy-
roethidium (DMEM/10% FBS) for 30min (37∘C, 5% CO

2

atmosphere), washed, and allowed to recover (15min,
DMEM/10% FBS). Cultures were switched to observation
medium, overlaid with light mineral oil, transferred to the

heated microscope stage (Zeiss Axiovert125S), and allowed
to adapt for 15min. Images of dissociated SC neurons
(random fields of view) were acquired under phase contrast
(20x Plan-Apo objective) and FITC illumination (Ex 465–
495 nm, DM 505, Em 515–555) using a Peltier cooled CCD
camera (Sensys, Photometrics, Tuscon,AZ) after the recovery
phase (defined as basal condition), after pharmacological
treatments (30min), and after cytokine exposure (100 ng/mL
TNF𝛼 or 100 ng/mL IL-1𝛽). Hydrogen peroxide was added to
all cultures following treatments to ensure proper loading. As
our criteria for SC neurons, we analyzed only cells displaying
a large round cell body and one neuronal process at least
longer than three cell diameters.MaximumDCFfluorescence
intensity per neuronal cell body was determined on a pixel-
by-pixel basis following background subtraction (average
background of all images at 𝑡 = 0min for each condition)
followed by erosion (2 pixels) and overlay with the original
image (Zeiss imaging analysis software KS 300). All values
were normalized to the average DCF fluorescence intensity
in control (initial conditions). No morphological changes of
neuronal cell bodies were detectable in our assay conditions
indicated by constant cell body areas. ROS measurements
were performed in duplicate cultures obtained from 3 to 5
independent dissections. At least 50 SC neurons were mea-
sured in duplicate cultures of three independent dissections.

2.9. Quantitative ROS Imaging in Advancing SC Neu-
ron Growth Cones. SC explants were incubated (30min,
DMEM/10% FBS) with 20𝜇MDCF (5-(and 6)chloromethyl
-dichlorodihydrofluorescein diacetate) and 4 𝜇M Calcein
Blue (CB), an oxidation-inert fluorescence indicator. After
recovery (15min, DMEM/10% FBS), cultures were switched
to observation medium and overlaid with light mineral oil.
Images of advancing growth coneswere acquired under phase
contrast (40x Plan-Apo), FITC illumination (DCF fluores-
cence), and DAPI illumination (CB fluorescence) (Cool-
snapfx) before (pre-stimulus images at 𝑡 = 0, 2, 4min) and
after (after stimulus images, 2min time intervals, 16min time
period) bath application of 100 ng/mL TNF𝛼, 100 ng/mL IL-
1𝛽, or 10 𝜇g/mL ovalbumin. As our positive loading control,
following the observation period, all growth cones were
exposed to 100 𝜇M hydrogen peroxide. For image analysis,
DCF and CB fluorescence intensities (𝐹DCF and 𝐹CB) were
integrated (pixel-by-pixel basis) over the growth cone area for
each growth cone observed at each time point ( Int𝐹DCF,𝑡 and
Int
𝐹CalcB,𝑡with 𝑡= time interval) after background subtraction

(𝑡 = 0 image) and the ratio of integrated DCF and CB
fluorescence intensities for each growth cone at each time
point was calculated (𝑅

𝑡
=

Int
𝐹DCF,𝑡 /

Int
𝐹 with 𝑡 = time

interval). Next, the average ratio of integrated DCF and
CB fluorescence intensities of all growth cones observed
at 𝑡 = 0min (pre-stimulus) was calculated (av𝑅

0
) followed

by normalization of all ratios for at 𝑡 = 0min (𝑅
𝑡

𝑛
/
av
𝑅
0
,

𝑛 = growth cone 1, 2, to 𝑛 for each condition). At least
15 growth cones were analyzed per condition from three
different dissections to provide statistical significance (∗𝑃 <
0.05).
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2.10. ROS Quantification in Growth Cone Particle Prepa-
rations. Freshly prepared GCPs (100𝜇g in Kreb’s buffer)
were loaded with 20 𝜇M DCF (30min, 4∘C) in the presence
of pharmacological reagents (10 𝜇M DPI, 500𝜇M NAC),
washed (14,000×gmax), allowed to recover (10min, 4∘C) with
pharmacological reagents present, and then exposed to 100 or
200 ng/mL TNF𝛼 (45min, 4∘C). For lysis, GCPs were resus-
pended in 2% SDS, 10mM Tris-Cl pH 7.5, 10mM NaF, 5mM
dithiothreitol, and 2mM EGTA; sonicated; and cleared by
centrifugation (14,000×gmax, 5min). Total DCF fluorescence
intensity was measured (100𝜇L aliquots, black 96 well plates)
using a Beckman Coulter Multimode DTX 880 microplate
reader (495 nm excitation filter, 525 emission filter). All data
were adjusted to total soluble protein concentration (BCA
assay) and normalized to control condition to account for
unspecific fluorescence and/or autofluorescence artifact. For
all conditions, measurements were obtained in duplicates
from three different GCP preparations.

2.11. Indirect Immunocytochemistry. Dissociated SC neurons
were fixed (4% paraformaldehyde, 10mM MES pH 6.1,
138mM KCl, 3mM MgCl

2
, 2mM EGTA, 15min, RT) fol-

lowed by three washes with TBS (20mM Tris-Cl pH 7.5,
150mM NaCl). After blocking (30min), cultures were incu-
bated (2 h, RT) with primary antibodies (4𝜇g/mL, 2mg/mL
BSA in TBS) against cytokine receptors or MAP kinases,
rinsed with TBS (3 times, 15min each), and incubated with
respective secondary antibodies. Cultures were transferred
to 60% glycerol/PBS. Images were acquired under FITC
illumination on a Radiance 2000 confocal microscope (Bio
Rad).

2.12. Actin Filament Quantification. To visualize actin fil-
aments, SC neurons were fixed and permeabilized (0.5%
Triton X-100, 15min). After rinsing (0.1% Triton X-100 in
TBS), cultures were incubated (20min) with rhodamine-
conjugated phalloidin (1 : 10 in 1% Triton X-100 in TBS,
Cytoskeleton Inc., Denver, CO), washed, and stored in 60%
glycerol (4∘C) until inspection. Images were acquired (40x
oil, Plan Fluor) using a Zeiss LSM 510 confocal microscope
equipped with a HeNe laser and an Argon laser. For each
condition, 60 randomly selected SC neuron growth cones
were scored for the presence of at least one large lamellipodia-
like structure (three dissections, 𝑛 = 180) and the percentage
of responding growth cones determined.

2.13. Plasma Membrane Translocation of 𝑝67phox. Freshly
preparedGCPs (100 𝜇g per sample) were treatedwithmethyl-
𝛽-cyclodextrin (0.1%) or buffer (30min, 4∘C) and then
exposed to 200 ng/mL TNF𝛼 (1 h, 4∘C), whereas cultures of
E10 forebrain neurons were subjected to 200 nM PMA (1 h,
37∘C). GCPs (centrifugation) or forebrain neurons (scraping)
were transferred into a 0.33M sucrose buffer (20mM Tris-
HCL pH 8.0, 2mM EDTA, 0.5 EGTA, 2mM AEBSF, and
25 𝜇g/mL Leupeptin), lysed by sonication, and centrifuged
(25,000×gmax, 15min) to obtain an enriched plasma mem-
brane fraction (pellet). Pellets were resuspended in sucrose
buffer containing 1% Triton X-100 and 0.01% saponin (4∘C,

15min) or in 20mM Tris-HCL pH 8.0, 2mM EDTA, 0.5mM
EGTA, and 2mM AEBSF with regard to gel electrophoresis
or ELISA analysis, respectively. Suspensions were centrifuged
(25,000×gmax, 15min, 4∘C), membrane protein was recov-
ered as the supernatant, and total protein concentration
was determined. For ELISA, aliquots of plasma membrane
protein (20𝜇g/mL, TBS/1% Triton-X-100) were incubated
(12 h, 25∘C) in 96-well high protein absorbent plates (Falcon).
After blockingwith BSA (5%w/v, TBS, 1%Trition-X-100, 1 h),
wells were incubated (overnight, 4∘C)with a polyclonal rabbit
anti-p67phox (3 𝜇g/mL), rinsed (TBS/1% Triton-X-100), and
incubated with a goat anti-rabbit IgG antibody conjugated to
HRP (1 : 2000, 45min, 25∘C). After three consecutive washes,
wells were supplemented with 100 𝜇L TMB (tetramethylben-
zidine) and absorbance at 620 nm was measured 10min later
(Beckman Coulter Multimode DTX 880 microplate reader.
All values were adjusted to total membrane protein and nor-
malized to control conditions (duplicates, three independent
experiments).

2.14. Gel Electrophoresis and Western Blotting. SC tissue, SC
neuron cultures, or GDPs were solubilized in 2% SDS, 10mM
Tris-Cl pH 7.5, 10mM NaF, 5mM dithiothreitol, and 2mM
EGTA and sonicated, and a total soluble protein fraction
was obtained by centrifugation (supernatant, 14,000×gmax,
5min). Fractions of total plasma membrane proteins were
obtained as described above. Samples containing 20𝜇g of
total soluble protein in Laemmli buffer were subjected to
10% SDS gel electrophoresis followed by western blotting
onto PVDF membranes (Bio-Rad, Hercules, CA) [33, 34].
Membranes were blocked (2% nonfat dry milk, TBS pH 8.5,
overnight, 4∘C), washed (TBS/0.05% Tween 20/2% BSA),
and incubated with polyclonal antibodies against cytokine
receptor, MAP kinase, phosphoMAP kinase, NOX2, p47phox,
or p67phox (1 h, 4 𝜇g/mL, in TBS/0.05% Tween 20/2% BSA).
Membranes were washed (TBS/0.05% Tween 20/2% BSA)
and incubated (1 h, RT) with the respective secondary, alka-
line phosphatase-conjugated IgG (1 : 10,000, Sigma, St. Louis,
MO) followed by colorimetric development (NBT/BCIP one
step, Thermo Scientific, Rockford, IL). The specificity of
antibodies was verified in lysates ofHeLa cells, RAW264 cells,
and SH-SY5Y cells (including blocking peptides).

2.15. Statistical Analysis. One-way ANOVA analysis and a
Kruskal-Wallis test were employed for comparisons among
multiple conditions. Dunnett’s 𝑡-test was used when compar-
ing the means of multiple conditions with a single control.
All statistical values are given as SEM with a significance of
∗
𝑃 < 0.05 unless indicated otherwise. Measurements were

obtained in duplicates from3 to 5 separate experiments unless
stated otherwise.

3. Results

3.1. TNF𝛼 and IL-1𝛽 Paralyze Growth Cone Motility and
Induce Growth Cone Collapse. Recent reports detailed that
TNF𝛼 exerts morphogenetic functions (rearrangements of
the actin cytoskeleton) without induction of apoptosis [7].



BioMed Research International 5
IL

-1
𝛽

O
v

TN
F𝛼

(a)

0min

0min

0min

9min 16min 27min

8.5 min 12min 16min

3min 7min 11min

IL
-1

𝛽
O

v
TN

F𝛼

(b)

90

50

(k
D

a)

IL-1RTNF-R2TNF-R1

(c)

Figure 1: TNF𝛼 and IL-1𝛽 impair motility and morphology of neuronal growth cones. (a) Acute exposure of dissociated E7 SC neurons
(laminin) to 100 ng/mL TNF𝛼 (top panel) or IL-1𝛽 (middle panel) provoked paralysis of growth cone advance and rapid degeneration of
the morphology of growth cones and neurites as opposed to 10𝜇g/mL ovalbumin (bottom panel). Stars indicate location of the growth
cone/neurite border with respect to first image in each panel, respectively (scale bar = 10𝜇m). (b) To restrict cytokine exposure exclusively
to advancing growth cones, polystyrene beads (2.5 × 105 beads/mL, 4𝜇m in diameter) coated with TNF𝛼 or IL-1𝛽 were applied to SC neuron
cultures and growth cone-bead encounters observed under phase contrast (63x oil, phase contrast). Following physical contact of growth cones
to cytokine-coated beads (TNF𝛼—top panel, IL-1𝛽—middle panel), growth cone motility ceased followed by the progressive degeneration
of growth cone morphology upon reaching complete collapse. Contact with ovalbumin-coated beads had no influence on growth cone
morphology and advance (bottom panel). (c) E7 SC neurons grown on laminin for 2 days were fixed in paraformaldehyde. Cytokine receptors
were revealed by indirect immunocytochemistry and analyzed by confocal microscopy (Zeiss LSM510, 40x oil, NA 1.30). TNF𝛼 receptor 1
(TNF-R1) and IL-1𝛽 receptor (IL-1R) were expressed on cell bodies (arrows) and neurites were expressed as well as on growth cones and
filopodia (arrowheads). In contrast, TNF𝛼 receptor 2 (TNF-R2) expression was restricted to cell bodies. (Scale bars: upper panel, 20𝜇m;
lower panel 10 𝜇m).Western blots of whole spinal cord (E7 chick) extracts revealed immunoreactivity (stars) against avian cytokine receptors
TNF-R1 (48 kDa), TNF-R2 (70 kDa), and IL-1R (76 kDa) as determined in spinal cord lysates (50𝜇g total protein per lane).

We examined whether TNF𝛼 or IL-1𝛽 has the potency to
altermotility of neuronal growth cones, an actin-cytoskeleton
driven mechanism. Live-video, phase contrast microscopy of
advancing SC neuron growth cones revealed that an acute
exposure to TNF𝛼 or IL-1𝛽 paralyzed growth cone motility
and also caused the collapse of growth cone morphology

accompanied by neurite beading and retraction compared to
control (ovalbumin) (Figure 1(a)). To demonstrate a direct
effect of cytokines on growth cones, we utilized polystyrene
beads (4 𝜇m in diameter) covalently coated with TNF𝛼,
IL-1𝛽, or ovalbumin (control) to restrict contact between
neurons and cytokines exclusively to advancing growth cones
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Figure 2: TNF𝛼 and IL-1𝛽 provoke a redox-sensitive collapse of growth cone motility and morphology. Advancing growth cones in SC
neurons cultures (laminin) were randomly selected and images were acquired at 3min time intervals (20x magnification, phase contrast) in
the presence of 10𝜇MMnTBAP, 2𝜇MDPI, or PBS (equal volume) before and after acute exposure (𝑡 = 6min) to TNF𝛼 (50 or 100 ng/mL), IL-
1𝛽 (50 or 100 ng/mL), or ovalbumin (10 𝜇g/mL). Growth cone advance was measured as the extension of the growth cone/neurite boundary
(𝜇m) per time interval and plotted against time (min) with slopes indicating growth rates. (a and b) Growth cones ceased motility and
advance within minutes upon exposure to cytokines (open diamonds, open circles) compared to a steady growth cone advance under control
(ovalbumin, closed squares). Growth cones exposed to 100 𝜇MH

2
O
2
(open triangles) mostly responded with paralysis, yet slow recovery was

measured. In the presence of 50 ng/mL cytokines (open diamonds), growth cones resumed advance after a lag phase however at much slower
growth rates, whereas no recovery was detected at concentrations of 100 ng/mL TNF𝛼 or IL-1𝛽 (open circles). (c and d) ROS scavenging
with 5 𝜇MMnTBAP (open triangles) or NOX inhibition with 2 𝜇MDPI (open diamonds) rescued growth cone advance upon acute exposure
to 100 ng/mL TNF𝛼 (c) or 100 ng/mL IL-1𝛽 (d), respectively (open circles). All data were obtained from at least three different dissections
(duplicate cultures each, >30 growth cones total) with error bars representing SEM. (e) TNF𝛼 elicited a dose-dependent growth cone collapse
at concentrations higher than 50 ng/mL. Growth cones with collapsed morphology were quantified (random fields of view) 30min after
application to allow for possible recovery of morphology. (f) Preincubation of SC neuron culture either with 10 𝜇M MnTBAP or with 2𝜇M
DPI provided significant protection against growth cone collapse in the presence of 100 ng/mL TNF𝛼 or 100 ng/mL IL-1𝛽 (dark grey bars;
∗∗
𝑃 < 0.05) as opposed to cytokines alone (black bars), which caused substantial growth cone collapse (dark bar, ∗𝑃 < 0.05) compared to

control (open bar). A presence of 10 𝜇MMnTBAP (light grey bar, Mn) had no effect on basal levels of collapsed growth cones, whereas 2𝜇M
DPI increased the percentage of collapse growth cones. All data (e and f) were obtained from at least three different dissections (duplicate
cultures each). Error bars represent ±SEM.
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[35]. Growth cones encountering cytokine-coated beads
displayed a series of stereotypic changes in behavior ulti-
mately resulting in growth cone collapse (Figure 1(b)). After
establishing long-lasting adhesion contacts with filopodia,
growth cones entered a phase characterized by highlymobile,
lamellipodia-like structures, which were nonproductive for
advance, followed by a collapse of morphology (TNF𝛼:
78 ± 4%, 𝑛 = 22 and IL-1𝛽: 83 ± 7%, 𝑛 = 18 of
observed growth cones, resp.). None of these growth cone
responses occurred upon contact with ovalbumin-coated
beads. Cytokine receptors were expressed on SC neurons
and their processes (Figure 1(c)). Whole SC tissue extracts
(western blotting) exhibited immunoreactivity against TNF
receptor 1 (TNF-R1, apparent MW = 48 kDa), TNF receptor
2 (TNF-R2, apparentMW= 70 kDa), and IL-1𝛽 receptor type
1 (IL-1R, apparentMW=76 kDa) in accordancewith previous
reports [36]. Expression of TNF-R1 and IL-1R was found
on neuronal cell bodies, neurites, as well as growth cones;
however, TNF-R2 expression was predominantly localized to
neuronal cell bodies with virtually no expression on neurites
or growth cones.

Next, we quantified growth cones advance (the spatial
displacement of the growth cone/neurite boundary over
time) in SC explant cultures upon acute exposure to TNF𝛼,
IL-1𝛽, or ovalbumin (Ov, control) (Figure 2). Both TNF𝛼
and IL-1𝛽 caused a rapid, dose-dependent paralysis of growth
cone advance and even neurite retraction within less than 10
minutes of addition compared to Ov (Figures 2(a) and 2(b)).
Acute bath application of 100 ng/mL TNF𝛼 or IL-1𝛽 reduced
the percentage of advancing growth cones by 83±6% (𝑛 = 48,
∗
𝑃 < 0.05) compared to bath application of 10 𝜇g/mL Ov. In

contrast, a considerable fraction of growth cones resumed
advance following bath application of 50 ng/mL TNF𝛼 or IL-
1𝛽 (TNF𝛼: 42 ± 14%, 𝑛 = 24, ∗𝑃 < 0.05 and IL-1𝛽: 30 ±
8% 𝑛 = 20, ∗𝑃 < 0.05) however at much slower growth
rates (31 ± 6 𝜇m/h and 21 ± 5 𝜇m/h, resp.) compared to
growth rates prior to cytokines application (TNF𝛼: 79 ±
8 𝜇m/h, 𝑛 = 22 and IL-1𝛽: 89 ± 9 𝜇m/h, 𝑛 = 26). As
expected, application of 10 𝜇g/mLOv had no effect on growth
cone advance (before application: 108 ± 10 𝜇m/h and after
application: 113 ± 6 𝜇m/h). According to reports and our
own findings, we tested whether ROS intermediates were
implicated in cytokine-mediated growth cone paralysis and
collapse. Scavenging ROS with 10 𝜇MMnTBAP or inhibition
of NADPH oxidase (NOX) activities with 2 𝜇M DPI both
protected growth cone advance upon exposure to 100 ng/mL
TNF𝛼 (69 ± 1%, 𝑛 = 26 and 71 ± 10%, 𝑛 = 38 of advancing
growth cones, resp.) albeit with decreased growth rates (96 ±
9 𝜇m/h, 17% reduction and 82 ± 9 𝜇m/h, 26% reduction,
resp.) compared to 10 𝜇g/mL Ov (Figure 2(c)). Growth cone
advance was not affected by an addition of MnTBAP (124 ±
10 𝜇m/h) or DPI (98±13 𝜇m/h) in the presence of ovalbumin
during the period of observation. Growth cone advance in
the presence of 100 ng/mL IL-1𝛽 was also rescued by 10 𝜇M
MnTBAP or 2 𝜇M DPI (77 ± 12%, 𝑛 = 38 and 69 ± 6%,
𝑛 = 50, resp.) (Figure 2(d)). Exogenous addition of ROS to
growth cones (100 𝜇M hydrogen peroxide) also reduced the
percentage of advancing growth cones (44 ± 2%, 𝑛 = 42,
∗
𝑃 < 0.05).

Both cytokines also elicited a dose-dependent growth
cone collapse quantified 30min after addition as shown for
TNF𝛼 (25 ng/mL: 16 ± 3%, 𝑛 = 135; 50 ng/mL: 59 ± 4%,
∗
𝑃 < 0.05, 𝑛 = 125; 100 ng/mL: 71 ± 8%, ∗𝑃 < 0.05, 𝑛 = 122)
compared to 10 𝜇g/mL Ov (13 ± 3%, 𝑛 = 69) (Figure 2(e)).
Moreover, scavenging ROS (10 𝜇M MnTBAP) or inhibiting
NOX (2 𝜇M DPI) (32 ± 4%, 𝑛 = 100 and 34 ± 4%, 𝑛 =
99, resp., ∗∗𝑃 < 0.05) protected growth cone morphology
from the presence of 100 ng/mL TNF𝛼 as opposed to the
absence of pharmacological agents (63 ± 7%, 𝑛 = 87, ∗𝑃 <
0.05) (Figure 2(f)). Similarly, MnTBAP (31 ± 3%, 𝑛 = 156)
and DPI (44 ± 1%, 𝑛 = 186) also negated IL-1𝛽-induced
growth cone collapse (69 ± 8%, 𝑛 = 196, ∗𝑃 < 0.05). The
percentage of collapsed growth cone remained unaltered by
the presence of 10 𝜇MMnTBAP (11 ± 6%, 𝑛 = 99), yet it did
significantly increase with 2𝜇MDPI (27±1%, 𝑛 = 63). Taken
together, these data revealed that TNF𝛼 and IL-1𝛽 caused
rapid degeneration of growth conemorphology and complete
loss of motility through a redox-dependent mechanism. The
rapid response of growth cones to cytokines together with the
expression of cytokines receptors on growth cones strongly
suggested a direct mechanism as opposed to indirect effects
through neurodegenerative processes originating in neuronal
cell bodies.

3.2. A Cytokine-Activated NADPH Oxidase Generates ROS in
Growth Cones and Cell Bodies of SC Neurons. To determine
the generation of intracellular ROS in advancing growth
cones exposed to cytokines, we employed quantitative ratio-
metric fluorescence analysis utilizing the oxidation-sensitive
fluorescent indicator 2,7-dihydrodichlorofluorescein (DCF,
10 𝜇M) and the redox inert fluorescence indicator Calcein
Blue (CB, 4 𝜇M). Ratiometric analysis distinguishes changes
in DCF fluorescence due to ROS formation from dilu-
tion/concentration effects simply due to rapid changes in
growth cone morphology. Bath application of 100 ng/mL
TNF𝛼 or 100 ng/mL IL-1𝛽 elicited a rise in the relative maxi-
mum DCF/CB fluorescence ratio indicative of the formation
of ROS (Figure 3). As shown in Figure 3(a) (false colored
DCF/CB ratio images), ROS formation was sustained and
preceded loss of morphology of the advancing growth cone
reflected by atrophy and beading of filopodia, condensation
of growth cone body, and retraction. Quantitative analysis
demonstrated a significant and sustained ROS formation in
advancing growth cones upon exposure to TNF𝛼 (100 ng/mL,
𝑛 = 14), IL-1𝛽 (100 ng/mL, 𝑛 = 10), or 100 𝜇M hydrogen
peroxide (positive control, 𝑛 = 11) compared to 10 𝜇g/mL
ovalbumin (negative control, 𝑛 = 22) (Figure 3(b)). Neither
loading with DCF (131 ± 18 𝜇m/h, 𝑛 > 15) nor loading
with CB (118 ± 14 𝜇m/h, 𝑛 > 15) at the concentrations used
affected growth cone advance per se compared to unloaded
control (113 ± 9 𝜇m/h).

To examine NOX-dependent ROS production in neu-
ronal growth cones, we utilized freshly isolated growth
cone particle preparations (GCPs) obtained from chick E10
forebrain neurons, which are capable of showing complex
responses to extrinsic stimuli [37–39]. As shown in Fig-
ure 4(a), addition of 100 ng/mL TNF𝛼 to laminin-adherent
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Figure 3: TNF𝛼 stimulates ROS formation in advancing growth cones. ROS formation in advancing SC neuron growth cones was revealed by
ratiometric fluorescence imaging. Dissociated E7 chick SC neurons (laminin) were loaded (30min) with the oxidation-sensitive fluorescent
indicator 2,7-dihydrodichlorofluorescein (10𝜇M DCF) and the oxidation-inert fluorescent indicator Calcein blue (4𝜇M CB). Images of
randomly selected growth cones were acquired under FITC fluorescence illumination (DCF), DAPI fluorescence illumination (CB), and
phase contrast at short time intervals before and after addition of stimuli (40x, oil, identical parameters). (a) Intracellular ROS formation
is represented by a heat spectrum ranging from blue (basal ROS levels) to red (increased ROS levels). Growth cone morphology (arrow)
disintegrated over a time period of 11 minutes upon acute exposure to 100 ng/mL TNF𝛼 (phase images, upper panel). Ratio imaging (middle
panel) revealed a sharp increase in ROS production (𝑡 = +3min) shortly after TNF𝛼 exposure that persisted (𝑡 = +8min) compared to basal
levels (𝑡 = −3min) further illustrated by profile images of ratiometric images (lower panel) (Scale bar = 5𝜇m). Note the loss of filopodia
and lamellipodia and the contraction of the growth cone body (last panel) were preceded by an increase in ROS. (b) ROS formation in
advancing SC neuron growth cones was quantified by ratiometric fluorescence imaging. Maximum DCF and CB fluorescence intensities per
growth cone area were determined on a pixel-by-pixel basis and DCF/CB ratios calculated for each condition and time point. All DCF/CB
ratios were normalized (average DCF/CB ratio at 𝑡 = 0min) and plotted against time. Exposure to 100 ng/mL TNF𝛼 (filled circles, 𝑛 = 14),
100 ng/mL IL-1𝛽 (filled squares, 𝑛 = 10), or 100𝜇M hydrogen peroxide (positive control, open circles, 𝑛 = 11) at 𝑡 = 3min (arrow) elicited a
significant ROS formation (stippled line = significance threshold) in advancing growth cones within less than 5min upon addition compared
to 10 𝜇g/mL ovalbumin (negative control, open triangles, 𝑛 = 22).
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Figure 4: NADPH oxidase mediates ROS formation in growth cones exposed to TNF𝛼. (a) Exposure of freshly isolated growth cone
particles (GCPs) to TNF𝛼 activates MAP kinase. GCPs were plated on laminin in Krebs buffer (2 h), washed, and incubated with the
MAP kinase inhibitors PD98059 (25 𝜇M, 20min) or PBS (equivalent volume) prior to an addition of 100 ng/mL TNF𝛼. Attached GCPs
were lysed and equal amounts of total protein were subjected to SDS gel electrophoresis (10%) followed by western blotting and detection
(chemiluminescence) of MAP kinase (top panel) and phospho-MAP kinase immunoreactivity (bottom panel). Actin served as a loading
control (middle panel). Exposure of GCPs to TNF𝛼 stimulated MAP kinase activity (increased phospho-MAP kinase), which was negated
by PD98059. Also, TNF𝛼 treatment enhanced expression of MAP kinase (increases in total MAP kinase), a response apparently diminished
by a presence of PD98059. Confocal images acquired (63x, oil) of cultured chick forebrain neurons (laminin, 24 h) exposed to 100 ng/mL of
TNF𝛼 (TNF𝛼) revealed phospho-JNK immunoreactivity (white signal) as a discrete, punctate pattern in cell bodies and neuronal process
in contrast to the homogenous appearance in neuronal soma under control conditions (PBS, equivalent volume). Cultures were fixed with
4% paraformaldehyde and immunostained against phospho-JNK. (b) Neuronal growth cones contain a functional NADPH oxidase activity.
Lysates obtained from SC neuron cultures revealed immunoreactivity against the large membrane subunit NOX2 and the cytosolic subunits
p67phox and p47phox. Incubation of chick (E7) forebrain neurons with the NOX activator PMA (400 ng/mL) increased plasma membrane
association of the cytosolic subunit p67phox (∗) compared to controls (Con) indicative for the formation of the NOX multiprotein complex.
Native gel electrophoresis, combined with in-gel NBT staining, of freshly isolated growth cone particles (GCPs) obtained from E10–12 chick
forebrain demonstrated one NADPH oxidoreductases activity (#) colocalizing with NOX2 immunoreactivity. (c) GCPs were loaded with
10𝜇M DCF (30min) in the presence of 2𝜇M DPI (NOX inhibitor), 500 𝜇MNAC (antioxidant), or PBS (mock, equivalent volume) prior to
addition of TNF𝛼 (45min). DCF fluorescence was determined in GCP lysates, adjusted to total soluble protein, and normalized to control
(Con, open bar). TNF𝛼 stimulated a significant, dose-dependent ROS formation in GCPs (T

100
= 100 ng/mL, T

200
= 200 ng/mL, ∗𝑃 < 0.05),

which was abolished by DPI or NAC. Peroxide (H
2
O
2
) served as a positive control. (d) Plasma membrane association of p67phox normalized

to control conditions was quantified (western blotting) using plasma membrane-enriched fractions. Exposure of GCPs to 200 ng/mL TNF𝛼
significantly increased the relative plasma membrane association of p67phox (TNF, ∗𝑃 < 0.05) compared to control (Con) indicating the
formation of a functional NOX complex. Preincubation of GCPs withmethyl-𝛽-cyclodextrin (0.1%) negated plasmamembrane translocation
of p67phox in the presence of TNF𝛼 (mCdx-TNF). All data represent SEM from at least two experiments (triplicate conditions each) with
∗
𝑃 < 0.05.
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GCPs resulted in MAP kinase and JNK activation, which
was corroborated in cultured forebrain neurons. No basal
MAP kinase activity (phosphor MAP kinase) was detectable
in GCPs under control conditions possibly due a lack of
growth factors (serum free plating conditions). Indicative for
the formation of a functional NOX multiprotein complex,
the NOX activator PMA (200 ng/mL) significantly increased
the relative plasma membrane association of p67phox in chick
forebrain neurons (Figure 4(b)). Moreover, native gel elec-
trophoresis and NBT staining revealed several NADPH oxi-
doreductase activities in GCPs, one colocalizing with NOX2
immunoreactivity. The large membrane subunit NOX2 and
the cytosolic subunits p67phox and p47phox were also detected
in lysates of SC neurons (Figure 4(b)). Addition of TNF𝛼
(100 ng/mL) to DCF-loaded GCPs stimulated a significant,
dose-dependent increase in ROS formation, which was
negated by the NOX inhibitor DPI (5 𝜇M) or the ROS
scavenger NAC (1mM) (Figure 4(c)). The small spatial
dimensions of plated GCPs prevented ROS quantification
utilizing microscopic imaging. Therefore, we resorted to
a protocol involving lysis as previously established [14].
Moreover, plasma membrane association of p67phox in GCPs
significantly increased in response to 100 ng/mL TNF𝛼,
which was abolished by the lipid raft disrupter methyl-𝛽-
cyclodextrin, suggesting that the assembly of NOX occurred
predominantly in lipid rafts (Figure 4(d)). The insignificant
increase of p67phox in plasma membrane fractions from
methyl-𝛽-cyclodextrin-treated cells could result from unspe-
cific adsorption due to the dramatic change in membrane
lipid composition. TNF𝛼-coated polystyrene beads or bath
application of 100 ng/mL TNF𝛼 to DCF-loaded SC neurons
stimulated a transient increase in DCF fluorescence intensity
in neuronal cell bodies (Figures 5(a) and 5(b)). Cytokine-
stimulated ROS formation was dose-dependent with signif-
icant stimulation at concentrations higher than 50 ng/mL
and saturation at 100 ng/mL (data not shown). Maximum
ROS formation (1.62 ± 0.1, ∗𝑃 < 0.01) in SC neuron cell
bodies occurred 5.3 ± 0.8min following bath application of
100 ng/mL TNF𝛼 lasting for 6.4 ± 0.6min (16 ± 2 cells per
time interval) (Figure 5(c)). 100 ng/mL IL-1𝛽 also increased
ROS formation (1.39 ± 0.02, ∗𝑃 < 0.01) within 5 ± 0.7min
upon application and lasted for 7.8 ± 1.4min (𝑛 = 20± 2 cells
per time interval). Scavenging ROSwith 2mMNACor 10 𝜇M
MnTBAP both suppressed TNF𝛼-stimulated ROS formation
(0.75 ± 0.11; 𝑛 = 29 and 0.99 ± 0.05; 𝑛 = 65, resp.) to
levels indistinguishable from control (10 𝜇g/mL ovalbumin,
0.99 ± 0.05, 𝑛 = 123) in contrast to TNF𝛼 alone (1.53 ±
0.05, ∗𝑃 < 0.01, 𝑛 = 184) (Figure 5(d)). Inhibiting NOX
activity (5 𝜇MDPI) also negated ROS formation (1.03± 0.07;
𝑛 = 70, ∗𝑃 < 0.01) upon exposure to TNF𝛼. Similar data
were obtained upon acute addition of 100 ng/mL IL-1𝛽 to SC
neurons (data not shown). As our positive control, 200𝜇M
hydrogen peroxide greatly increased relative maximum DCF
fluorescence intensity (1.75±0.02; 𝑛 = 109, ∗𝑃 < 0.01), which
was abolished in the presence of 10𝜇M MnTBAP (0.97 ±
0.02; 𝑛 = 109) (Figure 5(d)). Depleting Rac1 activity using
adenoviral-mediated expression of FLAG-tagged, dominant-
negative Rac1N17 completely suppressed TNF𝛼 or IL-1𝛽

-stimulatedROS formation (1.13±0.05, 𝑛 = 93 and 0.84±0.05,
𝑛 = 71, resp.) as opposed to lacZ expression (TNF𝛼: 1.53 ±
0.05, ∗𝑃 < 0.05, 𝑛 = 184, and IL-1𝛽: 1.30 ± 0.05, ∗𝑃 < 0.05,
𝑛 = 117, resp.) (Figure 6(a)) [31]. In contrast, expression of
constitutively active Rac1V12 in SC neurons was sufficient to
increase ROS formation (1.65 ± 0.04, 𝑛 = 450, ∗𝑃 < 0.05)
compared to 200𝜇M hydrogen peroxide (1.98 ± 0.16, 𝑛 =
60, ∗𝑃 < 0.05) (Figures 6(b) and 6(c)). ROS scavenging with
2mMNACor 10 𝜇MMnTBAPaswell asNOX inhibitionwith
10 𝜇M DPI abolished Rac1V12-stimulated ROS formation
(1.11 ± 0.09, 𝑛 = 62; 0.96 ± 0.09, 𝑛 = 109; and 1.05 ±
0.07, 𝑛 = 138, resp.). Similar results were obtained using
purified recombinant GST chimeras of Rac1V12 and Rac1N17
transfected into E7 SC neurons by trituration loading (data
not shown). Expressing Rac1N17 alone (1.03 ± 0.04, 𝑛 = 247)
or lacZ (0.99 ± 0.03, 𝑛 = 105), our control, had no effect
on basal levels of ROS (Figure 6(c)). However addition of
2mMNAC or 10 𝜇MDPI to Rac1N17-expressing SC neurons
both reduced ROS formation significantly below basal levels
(0.76±0.04, 𝑛 = 94 and 0.55±0.02, 𝑛 = 106, resp., ∗𝑃 < 0.05).
These findings revealed that TNF𝛼 and IL-1𝛽 stimulate a
functional assembly of a Rac1-regulated NOX2 complex in
the plasma membrane of neuronal growth cones resulting in
a transient increase in ROS formation.

3.3. TNF𝛼 and IL-1𝛽 Attenuate Neurite Outgrowth of SC
Neurons in a Redox-Dependent Manner. Next, we examined
whether the redox-dependent impairment of growth cone
advance is of consequence for neurite outgrowth. Bath
application of 100 ng/mL TNF𝛼 or IL-1𝛽 attenuated neu-
rite outgrowth in SC neuron cultures in a dose-dependent
manner indicated by a shift in the distribution to shorter
neurite lengths compared to 10 𝜇g/mL ovalbumin (Ov), our
control (Figures 7(a) and 7(b), Table 1). Scavenging ROS
(10 𝜇MMnTBAP) rescued neurite outgrowth in the presence
of TNF𝛼 and IL-1𝛽, whereas the NOX inhibitor (2𝜇M
DPI) provided only partial protection of neurite outgrowth
(Figures 7(c) and 7(d)). Notably, neurite outgrowth of SC
neurons on laminin exhibited inherent redox dependence
even in the absence of TNF𝛼 or IL-1𝛽 (Figures 7(e) and
7(f)). In accordance with previous reports, increasing con-
centrations of the ROS scavenger N-acetyl-L-cysteine (2mM
NAC, 50% reduction) or 20𝜇M MnTBAP (10% reduction)
inhibited neurite outgrowth compared to control, whereas
10 𝜇MMnTBAPwas ineffective [15]. However, wemeasured a
significant increase in neurite outgrowthwith 5𝜇MMnTBAP
(25% increase).

To assess the role of Rac1 on neurite outgrowth, Rac1V12

(constitutively active Rac1) or Rac1N17 (dominant negative
Rac1) was introduced as purified recombinant GST chimera
into freshly dissected SC neurons by trituration loading
[26] (Figure 8). Depletion of Rac1 activity (Rac1N17-GST) in
SC neurons protected neurite outgrowth upon addition of
100 ng/mL TNF𝛼 (NL

50
= 81 ± 5 𝜇m, 𝑛 = 85, ∗∗𝑃 < 0.05)

or 100 ng/mL IL-1𝛽 (NL
50
= 79 ± 6 𝜇m, 𝑛 = 68, ∗∗𝑃 < 0.05)

compared to GST-loaded SC neurons (NL
50
= 64 ± 3 𝜇m, 𝑛 =

75 and NL
50
= 69 ± 2 𝜇m, 𝑛 = 51), respectively (Figure 8(a)).

However, introduction of Rac1N17-GST diminished neurite
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Figure 5: Cytokines elicit ROS formation in cell bodies of SC neurons. Dissociated E7 SC neurons were loaded with 10𝜇M DCF (30min),
allowed to recover for 15min, and then incubated (45min) with NAC, MnTBAP, DPI, or PBS (equal volume) prior to cytokines exposure.
Images were acquired at identical parameters (20x). (a) DCF-loaded SC neurons exhibited a distinct neuronal morphology (arrowheads)
extending one long and several shorter neuronal processes (left panel, phase contrast image). Note cultures are virtually free of nonneuronal
cells. Under control conditions, SC neuron cell bodies displayed basal levels of ROS formation (middle panel, arrowheads). Degenerating
cells (star) exhibit very high fluorescence intensity in the absence of any stimuli. Addition of 100 ng/mL TNF𝛼 stimulated a robust increase in
intracellular ROS (right panel, arrowheads, 8min after addition). Fluorescence images were false colored (heat spectrum) with fluorescence
intensities increasing from blue (basal ROS levels) to red (high ROS levels). (b) TNF𝛼-coated polystyrene beads increased DCF fluorescence
intensity in SC neurons indicative of ROS formation. Although qualitative in nature, SC neurons with multiple bead contacts (arrow head)
as opposed to single bead contact (asterisk) displayed more intense DCF fluorescence. (c) Maximum DCF fluorescence intensities per
neuronal cell body were determined on a pixel-by-pixel basis after background subtraction over time and all values normalized to the average
maximum DCF fluorescence intensity under control conditions at t = 0min (relative maximum DCF fluorescence intensity). SC neurons
responded with a transient increase in ROS formation in cell bodies (16 ± 2 cells per time interval) upon exposure to 100 ng/mL TNF𝛼
(2.5)min (threshold of statistical significance ∗𝑃 < 0.01 shown as open triangles). (d) 100 ng/mL TNF𝛼 stimulated a significant increase in
ROS formation ( ∗𝑃 < 0.01), which was negated by the presence of ROS scavengers (TNF𝛼-NAC 2mM or TNF𝛼-MnTBAP 10𝜇M, resp.)
or NOX inhibitor (TNF𝛼-DPI 5 𝜇M) to levels indistinguishable from 10 𝜇g/mL ovalbumin (Ov), our control. As a control for DCF loading,
200 𝜇Mhydrogen peroxide (H

2
O
2
) greatly increased relativemaximumDCF fluorescence ( ∗𝑃 < 0.01), which was suppressed in the presence

of 10 𝜇MMnTBAP (H
2
O
2
-Mn). All measurements were obtained from at least three independent dissections (duplicate cultures each).
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Figure 6: TNF𝛼 and IL-1𝛽 stimulate a Rac1-mediated ROS formation in SC neurons. Dissociated SC neurons grown on laminin were infected
with recombinant, replication deficient adenovirus (200 moi, infection at the time of plating) carrying FLAG-tagged constitutively active
Rac1V12, FLAG-tagged dominant negative Rac1N17, or lacZ. Three days after infection, SC neurons were loaded with 10𝜇M DCF (30min),
incubated with NAC,MnTBAP, or DPI, and exposed to cytokines (100 ng/mL). Random images were acquired (20x) under FITC fluorescence
illumination, relativemaximumDCF fluorescence intensity was quantified, and all values normalized to lacZ-expressing SC neurons exposed
to 10 𝜇g/mL Ovalbumin (lacZ), our control. (a) Expression of RacN17 completely abolished ROS formation in SC neurons upon exposure to
100 ng/mL TNF𝛼 or IL-1𝛽 (TNF𝛼-N17 and IL-1𝛽-N17, resp.) compared to lacZ-expressing SC neurons (TNF𝛼 and IL-1𝛽, resp., ∗𝑃 < 0.01)
without altering basal levels of ROS formation (N17). (b) Expression of Rac1V12 was sufficient to induce ROS formation in SC neurons, which
was negated by 2mM NAC, 10 𝜇MMnTBAP, or 10𝜇MDPI. Peroxide (200𝜇Mol/L H

2
O
2
) served as a DCF loading control. (c) DCF-loaded

SC neurons expressing RacV12 (V12) revealed increases in ROS formation both in cell bodies (arrowhead) as well as in neuronal growth
cones (arrow) and distal neurites (left panel). In contrast, SC neurons expressing RacN17 (N17) exhibited basal DCF fluorescence intensity
compared to lacZ (Con) expressing SC neurons (right panel). Note the intense DCF fluorescence in a degenerating cell (asterisk). A heat
spectrum ranging from blue (basal ROS levels) to red (increased ROS levels) indicates ROS production (scale bar = 40𝜇m).

outgrowth even in the absence of adverse stimuli (NL
50

=
84 ± 4 𝜇m, 𝑛 = 132, ∗𝑃 < 0.05) compared to GST-loaded
SC neurons (NL

50
= 91 ± 3 𝜇m, 𝑛 = 99) in accordance with

previous findings [26, 40]. Constitutive activation of Rac1
(Rac1V12-GST) in SC neurons also resulted in reduction of
neurite length (NL

50
= 83 ± 5 𝜇m, 𝑛 = 195, ∗𝑃 < 0.05)

compared to GST-loaded SC neurons (NL
50

= 98 ± 5 𝜇m,
𝑛 = 112) (Figure 8(b)). Interestingly, addition of 5 𝜇M
MnTBAP restored neurite outgrowth of RacV12-GST-loaded
SC neurons (NL

50
= 108 ± 6, 𝑛 = 136, ∗∗𝑃 < 0.05) to

levels indistinguishable from GST-loaded SC neurons (NL
50

= 103±7 𝜇m, 𝑛 = 103, ∗∗𝑃 < 0.05).This finding implied a role
for Rac1 as a regulator of TNF𝛼 or IL-1𝛽-stimulated oxidative
stress. These findings provided evidence that attenuation of
neurite outgrowth in the presence of TNF𝛼 or IL-1𝛽 required
a persistent, Rac1-regulated formation of ROS. Moreover,
neurite outgrowth on laminin exhibited an innate redox-
sensitivity.

3.4. Cytokines Elicit a Redox-Dependent Reorganization of
Actin Filaments in Neuronal Growth Cones. Earlier studies in
neuroblastoma cells revealed oxidative damage to actin due to
TNF𝛼 exposure [14]. We found that growth cones responded
rapidly to cytokine exposure with changes in morphology
prior to collapse suggesting reorganization of actin filaments.
We quantified the percentage of growth cones responding
to cytokines with at least one distinct actin filament-rich,
lamellipodial structure as a function of both time and phar-
macological treatment (Figure 9). Growth cones exhibited a
rapid, yet transient increase in actin filament-rich structures
within 15min upon exposure to 100 ng/mL TNF𝛼 (65 ± 5%,
𝑛 = 180, ∗𝑃 < 0.05) or 100 ng/mL IL-1𝛽 (84 ± 5%, 𝑛 =
180, ∗𝑃 < 0.05) compared to control (23 ± 5%, 𝑛 = 180,
∗
𝑃 < 0.05) and persisted up to 30min (TNF𝛼: 67 ± 5%,
𝑛 = 180, ∗𝑃 < 0.05, and IL-1𝛽: 58 ± 5%, 𝑛 = 180, ∗𝑃 < 0.05)
(Figures 9(a) and 9(d)). However, the percentage of growth
cones with actin filament-rich structures greatly subsided
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Figure 7: TNF𝛼 and IL-1𝛽 impede neurite outgrowth in a redox-sensitive manner. Dissociated SC neurons were grown on laminin past the
onset of neurite initiation and then incubated with 10𝜇MMnTBAP, 2 𝜇MDPI, or PBS (10𝜇L) for 1 h prior to bath application of cytokines or
ovalbumin (6 to 8 h) followed by fixation (2% glutaraldehyde). The longest neurite per neuron was measured of randomly selected neurons
and the percentage of neuronswith a given neurite lengthwas plotted against neurite length. (a and b) Persistent presence of TNF𝛼 (a) or IL-1𝛽
(b) significantly reduced neurite outgrowth in a dose-dependent manner (40 ng/mL, open triangles; and 100 ng/mL, open squares) indicated
by the shift of the neurite length distribution to shorter neurites compared to control (10 𝜇g/mL ovalbumin, filled circles). (c and d) Despite a
continuous presence of 100 ng/mL TNF𝛼 ((c), open squares) or 100 ng/mL IL-1𝛽 ((d), open squares), scavenging ROS with 10𝜇MMnTBAP
(open triangles) rescued neurite outgrowth compared to controls (10𝜇g/mL ovalbumin, filled circles), whereas inhibiting NOX activity with
2 𝜇MDPI (open diamonds) was only partially protective. (Neurite numbermeasured ≥ 60 for each condition, two experiments, and duplicate
cultures). (e) In the presence of 20 𝜇M MnTBAP (open diamonds), neurite outgrowth was significantly decreased compared to control
(PBS, filled circles). However, concentrations of 10𝜇M MnTBAP (open triangles) did not significantly alter neurite outgrowth and 5𝜇M
MnTBAP (open circles) on the contrary causes a significant increase in neurite length. (Neurite number measured > 75 for each condition,
two experiments, and duplicate cultures). (f) Lastly, an overabundance of the radical scavenger NAC (2mM, open squares) dramatically
reduced neurite outgrowth compared to control (PBS, filled circles) indicated by the shift towards shorter neurites.
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Figure 8: The small GTPase Rac1 mediates redox-dependent neurite outgrowth. Freshly dissected SC neurons were trituration-loaded with
purified recombinant Rac1V12-GST, Rac1N17-GST, or GST only (7mg/mL each) and grown (laminin) after the onset of neurite initiation.
Cultures were supplemented with 100 ng/mL TNF𝛼, 100 ng/mL IL-1𝛽, or 10𝜇g/mL ovalbumin (8 h) and the average neurite length of the
longest neurite reached by 50% of SC neurons (NL

50
) for each condition quantified (𝑛 > 50). (a) Introduction of Rac1N17-GST (dominant

negativemutation, black bars) significantly protected neurite outgrowth in the presence of TNF𝛼 (TNF𝛼-N17, ∗∗𝑃 < 0.05) or IL-1𝛽 (IL-1𝛽-N17,
∗∗
𝑃 < 0.05) compared to SC neurons loaded with GST, which exhibited a great reduction in neurite length in the presence of cytokines (grey

bars ∗𝑃 > 0.05) compared to control (ovalbumin, open bar). Not unexpected, Rac1N17-GST even in the absence of cytokines reduced neurite
outgrowth (N17, ∗𝑃 < 0.05) compared to control. (b) Similarly, introduction of Rac1V12-GST (constitutively active mutation) significantly
reduced neurite lengths (V12, ∗𝑃 < 0.05) compared to GST-loaded SC neurons (GST). Notably, the presence of 5 𝜇M MnTBAP increased
neurite outgrowth of Rac1V12-GST-loaded SC neurons (V12-MnTBAP, ∗∗𝑃 < 0.05) to levels indistinguishable from neurite outgrowth of
GST-loaded SC neurons treated with 5𝜇MMnTBAP (MnTBAP, ∗∗𝑃 < 0.05) compared to control. All data were obtained from at least three
different dissections (duplicate cultures each) with error bars representing.

Table 1: Redox-sensitive inhibition of neurite outgrowth in
response to TNF𝛼 and IL-1𝛽.

Condition NL
50
± SEM 𝑛

Control (10mg/mL Ov) 147 ± 16 𝜇m 104
TNF𝛼 40 ng/mL 118 ± 6 𝜇m∗ 74
TNF𝛼 100 ng/mL 86 ± 13 𝜇m∗ 173
TNF𝛼 100 ng/mL + 10mMMnTBAP 145 ± 13 𝜇m 62
TNF𝛼 100 ng/mL + 2mMDPI 113 ± 12 𝜇m∗∗ 56
Control (10mg/mL Ov) 128 ± 7 𝜇m 61
IL-1𝛽 40 ng/mL 109 ± 4 𝜇m∗ 92
IL-1𝛽 100 ng/mL 80 ± 3 𝜇m∗ 107
IL-1𝛽 100 ng/mL + 10mMMnTBAP 112 ± 9 𝜇m∗∗ 113
IL-1𝛽 100 ng/mL + 2mMDPI 87 ± 8 𝜇m∗ 78
PBS 128 ± 12 𝜇m 156
MnTABP 5mM 161 ± 10 𝜇m∗ 82
MnTABP 10mM 133 ± 7 𝜇m 75
MnTABP 20mM 115 ± 7 𝜇m∗ 56
PBS 179 ± 7 𝜇m 103
NAC 2mM 89 ± 7 𝜇m∗ 102
SC neuron cultures were incubated with pharmacological inhibitors (MnT-
BAP, DPI) or PBS prior to addition of cytokines for 6–8 hours. After fixation,
the average neurite length of the longest neurite per neuron reached by 50%
of neurons (NL50) was quantified for each condition.

∗Significant differences
from controls. ∗∗Significant difference from cytokine only at 𝑃 < 0.05 by
one-way ANOVA and Dunnett’s 𝑡-test.

45min after addition (TNF𝛼: 40 ± 4%, 𝑛 = 180, ∗∗𝑃 < 0.05,
and IL-1𝛽: 37 ± 5%, 𝑛 = 180, ∗∗𝑃 < 0.05) compared to the
initial response. Inhibiting NOX activity (5𝜇M DPI) greatly

diminished the percentage of responding growth cones upon
bath application of cytokines (DPI + TNF𝛼: 32 ± 6%, 𝑛 = 180,
and DPI + IL-1𝛽: 49 ± 6%, 𝑛 = 180, ∗∗𝑃 < 0.05) compared
to absence of DPI (TNF𝛼: 60 ± 6%, 𝑛 = 180, ∗𝑃 < 0.05, and
IL-1𝛽: 76 ± 6%, 𝑛 = 180, ∗𝑃 < 0.05) measured 15min after
addition of cytokines (Figures 9(b) and 9(e)). The percentage
of responding growth cones was not altered by DPI treatment
alone (18 ± 6%, 𝑛 = 180) compared to control (23 ± 6%,
𝑛 = 180). Similarly, scavenging ROS with 20𝜇M MnTBAP
also negated the formation of actin filament-rich structures
in growth cones exposed to cytokines (Mn + TNF𝛼: 24 ±
8%, 𝑛 = 180, and Mn + IL-1𝛽: 18 ± 8%, 𝑛 = 180) to levels
indistinguishable from control (18 ± 4%, 𝑛 = 180) compared
to cytokines alone (TNF𝛼: 66 ± 8%, 𝑛 = 180, ∗𝑃 < 0.05, and
IL-1𝛽: 84± 8%, 𝑛 = 180, ∗𝑃 < 0.05) (Figures 9(c) and 9(f)). A
presence of MnTBAP did not alter the percentage of growth
cones with actin filament-rich structures (18 ± 3%, 𝑛 = 180).
Taken together, these data suggested that TNF𝛼 and IL-1𝛽
stimulated a redox-dependent, yet transient reorganization of
actin filaments in neuronal growth cones prior to collapse of
morphology.

4. Discussion

We demonstrated that long-term exposure of SC neurons
to the proinflammatory cytokines TNF𝛼 and IL-1𝛽 pro-
voked the loss of growth cone motility and the subsequent
degeneration of growth cone morphology (collapse). These
changes in growth cone advance and behavior translated
into the impairment of neurite outgrowth and disruption of
process architecture of SC neurons, which was rescued either
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Figure 9: Cytokines elicit redox-dependent reorganization of actin filaments in neuronal growth cones. SC neurons grown on laminin (2
days) were incubated with 40 𝜇MMnTBAP, 5𝜇MDPI or left untreated prior to addition of TNF𝛼 or IL-1𝛽 (200 ng/mL) for increasing time
periods (15min, 30min, and 45min). Cultures were fixed, permeabilized (Triton-X-100), and stained with rhodamine phalloidin to reveal
filamentous actin. Random images were acquired (40x, confocal microscope), growth cones were scored for the presence of at least one,
distinct actin filament-rich structure, and all values normalized to control conditions (% responding growth cones). (a) Both TNF𝛼 and IL-
1𝛽 significantly increased the percentage of growth cones with actin-filament rich structures ( ∗𝑃 < 0.01) at 15min and 30min after exposure
followed by a significant decrease at 45min after exposure ( ∗∗𝑃 < 0.01 compared to 𝑡 = 15min) as opposed to control. (b) Inhibition of
NOX activity with 2 𝜇M DPI largely negated the formation of actin-filament rich structures upon exposure to TNF𝛼 (TNF-DPI) or IL-1𝛽
(IL-DPI, ∗∗𝑃 < 0.01) as opposed to TNF𝛼 only (TNF𝛼, ∗𝑃 < 0.01) or IL-1𝛽 only (IL, ∗𝑃 < 0.01), respectively. Large actin filament-rich
structures were not affected by DPI in the absence of cytokines (DPI) compared to control (Con). (c) Scavenging ROS with 10𝜇MMnTBAP
abolished the formation of actin filament-rich structures in response to TNF𝛼 (TNF𝛼-Mn) or IL-1𝛽 (IL-Mn) when compared to TNF𝛼 only
(TNF, ∗𝑃 < 0.01) or IL-1𝛽 only (IL, ∗𝑃 < 0.01). The degree of actin filament-rich structures in the presence of MnTBAP alone (Mn) was
indistinguishable from control (Con). ∗Significant difference from control and ∗∗significant difference from respective cytokine treatment
at 𝑃 < 0.05 by Kruskal Wallis test and Dunnett’s 𝑡-test. (d–f) Cultured SC neurons were treated with pharmacological inhibitors prior to
bath application of cytokines, fixed with 4% paraformaldehyde, and stained for actin filaments with rhodamine phalloidin (red signal). (d)
Representative images of SC neurons with increasing exposure time to TNF𝛼. Actin filament-rich structures in growth cones (lamellipodia)
are indicated with arrowheads. (e) Incubation with DPI largely abolished the formation of actin filament-rich structures in SC neurons
cultures. (f) Scavenging ROS with MnTBAP effectively negated appearance of actin filament-rich structures in growth cones of SC neurons.
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Figure 10: A Rac1-dependent redox rheostat regulates growth cone
motility in response to extrinsic stimuli. Exposure of neuronal
growth cones either to TNF𝛼 or to IL-1𝛽 rapidly stimulates ROS
generation through NOX activity under the regulation of the small
GTPase Rac1 and concomitant paralysis and degeneration of mor-
phology of growth cones.Moreover, growth conemotility is not only
sensitive to the overabundance of ROS either via NOX activation
or via constitutive Rac1 activity (Rac1V12) but is also impaired by
a substantial depletion of ROS (antioxidants) or inhibition of Rac1
activity (Rac1N17). Consequently, productive growth cone motility
requires an optimal concentration of intracellular ROS generated by
a Rac1-regulated NOX activity. It is plausible that this Rac1/NOX-
redox rheostat is responsive to many extrinsic stimuli including
cytokines, growth factors, hormones, and cell adhesion molecules
for which redox signaling mechanism has been demonstrated.

by scavenging ROS, inhibiting NOX activity, or depleting
Rac1 activity despite a presence of TNF𝛼 or IL-1𝛽. Both
cytokines stimulated the formation of ROS intermediates and
a transient phase of actin filament organization in advancing
growth cones. Importantly, ROS intermediates and actin
filament reorganization preceded paralysis of growth cone
motility and collapse of morphology implying a causative
action of this signaling mechanism. Taking into account
that exhaustive ROS scavenging (excess of antioxidants) also
impaired neurite outgrowth, it is feasible that productive
growth cone motility could demand an optimal level of ROS
intermediates. We propose that a redox rheostat under the
regulation of the Rac1 shapes growth conemotility and hence
neurite outgrowth, in response to many extrinsic stimuli
other than cytokines (Figure 10).

Prolonged bath application of TNF𝛼 or IL-1𝛽 (6–8 h)
to dissociated SC neurons or SC explants stunted neurite
outgrowth in a dose-dependent manner (Figure 7, Table 1) in
accordance with previous findings in hippocampal neurons
or neuroblastoma cells [8, 9]. In lieu of the well-documented
apoptotic potency of TNF𝛼 and IL-1𝛽, it was imperative
to determine whether inhibition of neurite outgrowth had
its origin in neuronal cell bodies (apoptosis, necrosis) or
directly in the distal compartment of growth cones. Foremost,
cytokines were applied to SC neurons after the onset of

neurite outgrowth with the majority of processes longer than
two cell diameters. Since the number of neurites per neuron
(a measure of neurite initiation) remained unaltered and
no measureable neuronal cell death occurred over the time
period of cytokine exposure (6–8 h) as determined by a
live/dead fluorescence assay (calcein green/propidium iodide
counterstaining), neither a decrease in neurite initiation
nor a decrease in neuronal cell death could account for
the observed reduction in neurite outgrowth. Significant
neuronal cell death (>15%) was however apparent 24 hours
after cytokine addition and increased to over 40% after 2
days. Evidence for direct action of cytokines on growth
cone motility and morphology was obtained by live-video
phase microscopy (Figures 1 and 2). Acute exposure to TNF𝛼
or IL-1𝛽 (bath applied) impaired growth cone motility in
a dose-dependent manner within 10 to 15 minutes upon
application. Initial paralysis of growth cone advance was
followed by degeneration ofmorphology and subsequent col-
lapse. Restricting cytokine exposure exclusively to advancing
growth cones in our bead assay corroborated these findings.
In addition, bead assays revealed a transient increase in
lamellipodia-like structures or in the vicinity of neuron-
bead contacts, which were nonproductive for growth cone
advance. This transient increase in actin filaments (Figure 9)
was reminiscent of our findings in SH-SY5Y neuroblastoma,
yet in the case of primary neurons it revealed a physiological
consequence [14]. Direct effects of cytokines on growth cones
were further supported by the expression of IL-R1 (IL-1𝛽
receptor) and TNF-R1 (high affinity p55 TNF𝛼 receptor) on
the entire neuronal surface including cell bodies and growth
cones (Figure 1). Together these findings provided strong
evidence that TNF𝛼 and IL-1𝛽 directly impaired growth cone
motility and morphology as the underlying cause for the
attenuation of neurite outgrowth over longer time periods of
exposure.

Initial evidence for a role of ROS intermediates was
suggested by studies demonstrating that antioxidants (ROS
scavenging) or DPI (inhibiting NOX-like activities) largely
rescued neurite outgrowth, growth cone motility, growth
cone morphology, and lastly actin filament organization in
the presence of cytokines. Interestingly, neurite outgrowth of
SC neurons on laminin exhibited innate redox dependence.
Whereas moderate MnTBAP concentrations (5 𝜇M) signif-
icantly increased neurite outgrowth, concentration higher
than 10 𝜇M stunted neurite outgrowth corroborating studies
inAplysia neurons [15]. It is plausible thatmoderateMnTBAP
concentration (5𝜇M) scavenges excessive amounts of super-
oxide derived frommitochondrial respiration and as byprod-
uct of several enzymatic reactions. Under basal culture con-
ditions, this excessive superoxide might compromise optimal
growth cone motility (actin dynamics, tubulin dynamics)
and hence the observed enhancement of neurite outgrowth
by moderate concentrations of scavenger [41–43]. In con-
trast, higher MnTBAP concentrations could impair vital
redox-dependent mechanism necessary for proper neurite
outgrowth [44]. Using the oxidation-sensitive fluorescence
indicator DCF, we demonstrated substantial yet transient
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generation of ROS (likely superoxide) in growth cones and
cell bodies of SC neurons upon exposure to TNF𝛼 and IL-
1𝛽 (Figures 3 and 5). Similar results were obtained using the
superoxide-specific fluorescence indicator dihydroethidium,
yet investigations suffered from considerable neurotoxicity of
dihydroethidium (data not shown). Previous studies in chick
cortical neurons and human SH-SY5Y neuroblastoma cells
demonstrated superoxide production in response to TNF𝛼
utilizing dihydroethidium oxidation or a SOD-inhibitable
cytochrome C oxidation as demonstrated [14, 45]. A sig-
nificant contribution from nonneuronal cells (microglia)
was unlikely since (i) SC neuron cultures contained less
than 3% nonneuronal cells, (ii) analyzed cells all exhibited
distinct neuronal characteristics (i.e., round cell body, one
process longer than 2 cell diameters), and (iii) microglia
invade and populate the developing CNS at late embryonic
or even postnatal stages [46]. Ratiometric imaging demon-
strated significant ROS production in advancing growth
cones within 3 to 5min upon exposure to inflammatory
stress as opposed to changes in motility and morphology
observed 10 to 15min following exposure. Several findings
strongly suggested a NOX2-like activity as the source of
ROS in SC neurons, in particular superoxide [14, 47]. SC
neurons exhibited immunoreactivity against NOX2 and the
cytosolic subunits p47phox and p67phox. A presence of other
NOX isoforms can however not be excluded, yet antibody
quality against NOX1 or NOX3 was insufficient to produce
a conclusive finding. TNF𝛼 stimulated a dose-dependent
increase in ROS intermediates in freshly isolated growth
cone particle preparations in conjunction with a presence
of NADPH oxidoreductases activity. The phorbol ester PMA
as well as TNF𝛼 induced translocation of the cytosolic
subunit p67phox to plasma membranes. Parallel studies on
the translocation of the cytosolic subunit p47phox to plasma
membranes were hampered by the considerable variability
of immunoreactivity. Expression of NOX-like activities was
reported in both primary PNS and CNS neurons [48–51].
Lastly, the antioxidant MnTBAP inhibits the TNF𝛼 or IL-1𝛽-
stimulated ROS formation. Also, pharmacological inhibition
with DPI was effective in blocking TNF𝛼 or IL-1𝛽-mediated
responses of SCneurons includingROS formation andpartial
rescue of growth motility, neurite outgrowth, growth cone
collapse, and actin filament reorganization (Figures 2, 4, 5, 7,
and 9). Notably, all these experiments revealed considerable
toxicity of DPI and thus, depending on the duration of DPI
application, put restrictions on the usable concentrations of
DPI. Mechanistically, DPI blocks single electron transport
reactions such as NOX-mediated generation of superoxide.
Nevertheless, numerous other enzymatic reactions are also
compromised foremost electron transport of complex I in
mitochondria, which could account for the observed toxicity.
Lastly, depleting Rac1 activity negated cytokine-mediated
ROS formation in SC neurons, whereas Rac1 overexpression
alone was sufficient to increase ROS formation. The small
GTPase Rac1 emerged as a pivotal regulator of cytokine-
stimulated ROS formation in SC neurons in accordance with
previous reports [22, 52, 53]. In our study, depleting Rac1
activity abolished ROS formation in the presence of TNF𝛼

or IL-1𝛽 yet without affecting basal ROS levels (Figures 6(b)–
6(d)). In contrast, overexpression of constitutively active Rac1
alone was sufficient to stimulated ROS generation in SC
neurons and also reduced neurite outgrowth, which was
not further exacerbated upon addition of TNF𝛼 or IL-1𝛽
(data not shown). Effects of Rac1 depletion or overexpression
were addressed by trituration loading of purified recombi-
nant Rac1-GST mutant chimeras since adenoviral-mediated
expression of Rac1 mutants required a 3-day expression
period incompatible with neurite outgrowth analysis [26,
31]. Not unexpectedly, introduction of Rac1N17 or Rac1V12
resulted in a measurable reduction in neurite outgrowth
on laminin even in the absence of cytokines [11, 26, 54,
55]. In support of our findings, numerous reports link
Rac1 as a regulator of ROS intermediates in cellular signal
transduction. Neurite extension in PC12 cells upon NGF
stimulation encompasses increases in Rac1 activity andH

2
O
2

formation [56]. A Rac1 mutant lacking residues 124–135
of the insert region blocking ROS generation disrupted
membrane ruffling and mitogenesis in fibroblasts and caused
a downregulation of RhoA [44, 57–59]. With respect to
actin cytoskeleton dynamics, TNF𝛼 and IL-1𝛽 induced a
transient phase of actin filament reorganization (increases
in actin filament density) in neuronal growth cones, which
was however nonproductive for motility. Interestingly, actin
filament reorganization was not repeatable with another
addition of cytokines even after wash-out and extensive
recover time suggesting permanent or persistent damage
to actin filament reorganization by cytokines. Irreversible
oxidative damage (carbonylation) to actin was detectable in
neuroblastoma cells exposed to TNF𝛼 [14]. These findings
provided evidence that NOX activation in neuronal growth
cones serves as source of ROS intermediates in response to
cytokines and that ROS intermediates are likely causative for
cytokine-mediated degeneration of neuronal growth cones.

Inflammatory and oxidative stress is a hallmark of
neurodegeneration in most chronic, acute, and even some
psychiatric CNS pathologies [3, 60, 61].The proinflammatory
cytokines TNF𝛼 and IL-1𝛽 are important to orchestrate
inflammatory and oxidative stress in the disease and aging
CNS although pleiotropic actions in the adult and developing
CNS are known, hence establishing a complex and delicate
balance between neuroprotection and neurotoxicity. Mem-
bers of the Nox/Duox family have emerged as [46, 62] key
sources of oxidative stress in aging and the progression of
many pathologies beyond the CNS and have been recognized
as key therapeutic targets [63–66]. Our findings provide
support for a role of NOX activity in primary neurons as
a principal source of oxidative stress triggered by TNF𝛼 or
IL-1𝛽 [16]. Overabundance of ROS intermediates is likely to
disrupt proper actin filament dynamics, which is vital for
the plasticity and morphology of distal neuronal processes
including neurite outgrowth, sprouting, and spine dynamics.
Strategies to block NOX activities could thus proof beneficial
to blunt inflammatory stress in the diseased and aging CNS
and to halt cognitive decline [66, 67].
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Modulation of intracellular antioxidant concentration is a double-edged sword, with both sides exploited for potential therapeutic
benefits. While antioxidants may hamper the efficacy of chemotherapy by scavenging reactive oxygen species and free radicals,
it is also possible that antioxidants alleviate unwanted chemotherapy-induced toxicity, thus allowing for increased chemotherapy
doses. Under normoxic environment, antioxidants neutralize toxic oxidants, such as reactive oxygen species (ROS), maintaining
them within narrow boundaries level. This redox balance is achieved by various scavenging systems such as enzymatic system
(e.g., superoxide dismutases, catalase, and peroxiredoxins), nonenzymatic systems (e.g., glutathione, cysteine, and thioredoxin),
and metal-binding proteins (e.g., ferritin, metallothionein, and ceruloplasmin) that sequester prooxidant metals inhibiting their
participation in redox reactions. On the other hand, therapeutic strategies that promote oxidative stress and eventually tumor
cells apoptosis have been explored based on availability of chemotherapy agents that inhibit ROS-scavenging systems. These
contradictory assertions suggest that antioxidant supplementation during chemotherapy treatment can have varied outcomes
depending on the tumor cellular context. Therefore, understanding the antioxidant-driven molecular pathways might be crucial to
design new therapeutic strategies to fight cancer progression.

1. Introduction

Reactive oxygen and nitrogen species (ROS/RNS) are oxi-
dants natural products formed during cell vital metabolism
activity that orchestrate the transmission of regulatory
signals for proliferation, migration, defence, vasorelax-
ation, autophagy, and apoptosis signals (Figure 1(a)) [1–12].
Progress in redox biochemistry study has revealed an oxygen
adaptation, whereby the cell has acquired the capability
to initiate changes to the local redox environment as a
means of regulating signaling pathways [1–4, 6–11]. This
has changed the way cellular oxidant production is viewed,
from a simplistic model where all oxidant production is
inherently damaging to a more complex scenario where
a regulated small increase in oxidant production can be
essential for optimal cellular function (Figure 1) [1–12]. In
this model ROS and RNS act as second messengers, forming
an integral part of the signal transduction network [1–4,
9, 11, 12]. Reactive nitrogen species are produced by the

endothelium inducing vascular relaxation when vascular
smooth muscle cells were stimulated with vasodilators such
as acetylcholine, histamine, and bradykinin. Nitric oxide
synthase catalyzes a five-electron oxidation of a guanidine
nitrogen of L-arginine in the formation of citrulline and
nitric oxide [7–9, 11, 12]. On the other hand, ROS are
heterogeneous group diatomic oxygen derived of free and
nonfree radicals species with a wide range of reactivity [10–
12]. Their formation begins with the univalent reduction of
oxygen to produce superoxide radical (O

2

∙−), a free radical
that gives rise to many highly reactive species such as
hydroperoxyl radical (HO

2

∙), hydrogen peroxide (H
2
O
2
),

and hydroxyl radical ( ∙OH) (Figure 2) [10–12]. For example,
superoxide can dismutate to formhydrogen peroxide (H

2
O
2
),

a membrane-permeable, mildly prooxidant molecule which
in turn can lead to formation of several highly oxidizing
derivatives such as hydroxyl radicals (Figure 2). Also, O

2

∙−

can react with nitric oxide (NO∙) resulting in peroxynitrite
(OONOO−), a high RNS (Figure 2) [11, 12]. Mitochondria
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form the major powerhouse of ROS production; they are
generated in association with the activity of the respiratory
chain such as NADH dehydrogenase enzyme complexes in
aerobic ATP production [13–15]. In addition, two classic
phagocytic ROS-generating enzymes use molecular oxygen
as a substrate, including the multisubunit NADPH oxidase
and its homologue NOX/Duox family and myeloperoxidase
in various tissues in response to extracellular influences
[16, 17]. Other sources of ROS production include the
cytochromeP450 (CYP450) system,which is involvedmainly

in removing or detoxifying toxic substances in the liver
[13] and xanthine oxidase which catalyzes the oxidation of
hypoxanthine to xanthine with the formation of H

2
O
2
[18].

The imbalance of this cellular redox state is characteristic of
many diseases where abnormal oxidant production causes
extensive tissue damage (Figure 1(b)) [3, 6, 19]. Antioxidant
has been defined as any substance that significantly delays
or prevents oxidative damage of an oxidizable substrate
(Figure 2). Due to their high reactivity, the ROS production
levels are tightly controlled by antioxidants to avoid oxidative
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stress and, eventually, oxidative damage which is frequently
linked to genetic instability, tumor promotion, andmetastasis
(Figure 1) [20]. On the other hand, the primary mecha-
nism of many chemotherapy drugs and ionizing radiation,
widely used against cancer cells, is the formation of ROS
[11, 21]. At this point, questions arise whether reduction of
oxidative stress in tumor cell environment with antioxidant
treatment would be beneficial or not [22]. Moreover, it
should be stressed that the antioxidants cannot distinguish
between the radicals that play a beneficial role and those that
cause carcinogenesis. Understanding the biological redox
system for the development of more effective and less toxic
chemotherapy ROS induction strategies for cancer cells is
deserved [21, 22]. Therefore, the modulation of intracellular
antioxidant concentration is a double-edged sword, with both
sides exploited for potential therapeutic benefits.

2. ROS and Hypoxia in Solid Tumors

Solid tumors are known to have a poor microvascular net-
work and high interstitial fluid pressure resulting in hypoxic
environment conferring chemo and radiotherapy resistance
[22]. There are three major forms of hypoxia that varies with
the duration: acute, chronic, and intermittent. Acute hypoxia
occurs when tumor vessels become temporarily hypoxic for
a period of seconds or a few hours. Chronic hypoxia is a
progressive and severe reduction in oxygen (hours to days)
[22]. Intermittent hypoxia, also referred to as cycling hypoxia,
is characterized by cyclic periods of hypoxia and reoxygena-
tion and plays the main role in resistance of solid tumor
treatments (Figure 3) [23–26]. Hypoxic microenvironments
are characterized by extreme heterogeneities in tumor cells
oxygenation that arise as a result of the increased oxygen
diffusion distance due to tumor expansion and poorly devel-

oped vascular networks [22, 27]. Gradients in oxygen are
frequently found surrounding perfused vessels, ranging from
normal values near the blood vessel to complete anoxia adja-
cent to necrosis [27, 28]. The balanced proportion of hypoxic
cells in cancer is driven by the tolerance of individual cells to
these different types of hypoxia and varies remarkably among
different tumors with otherwise similar clinical features [29].
These differences are important, because the fraction of viable
hypoxic cells is a major determinant of prognosis, as hypoxic
cells are highly resistant to chemotherapy and radiation
therapy (Figure 3). Reducing cellular tolerance to hypoxia
is therefore a strategy to reduce the proportion of hypoxic
cells in tumors to improve current cancer therapy [27–33].
Tumor cells can adapt to hypoxic conditions by employing
a variety of survival tools, which result in the promotion of
cancer cell growth and metastasis [22, 32]. This adaptation
is mainly mediated by hypoxia-inducible factor-1 (HIF-1)
(Figure 3). HIF-1 is a heterodimeric transcription factor con-
sisting of an oxygen-regulated subunit (HIF-1𝛼) and a stable
nuclear factor, HIF-1𝛽 aryl hydrocarbon receptor nuclear
translocator (ARNT). Under normoxic conditions, HIF-1𝛼
is hydroxylated by prolyl hydroxylase (PHD) at proline 402
and proline 564, and the hydroxylated HIF-1𝛼 recruits von
Hippel-Lindau (pVHL), an E3 ubiquitin protein ligase, and
is rapidly degraded by the proteasome after being targeted
for ubiquitination (Figure 3). Under hypoxic conditions,
cytosolic HIF-1𝛼 is stabilized by inhibition of the oxygen- and
PHD-dependent enzymatic hydroxylation of proline residues
and subsequently translocated to the nucleus, where it binds
HIF-1𝛽 [30, 34, 35]. The complex binds to the hypoxia-
response element in its targets, which results in the trans-
activation of numerous genes encoding proteins necessary
for the blood supply, energy production, growth/survival,
invasion/metastasis, and chemo/radioresistance (Figure 4)
[30, 35]. An association of HIF-1𝛼 overexpression with cell
proliferation and poor prognosis has been observed in many
kinds of human cancers [30, 34, 35]. It is well known that
hypoxic conditions increase intracellular ROS levels [14] and
recent studies provide important insights into the molecular
mechanisms bywhich cycling hypoxia increases the oxidative
stress [24].This constant generation of ROS through intensive
cycling hypoxia stabilizes HIF-1𝛼 by preventing its degrada-
tion and induces HIF-2𝛼 degradation (Figure 3). Since HIF-
1𝛼 regulates genes encoding prooxidant enzymes and HIF-
2𝛼 is a potent regulator of the genes encoding antioxidant
enzymes, it was proposed that both HIFs contribute in part
to the oxidative stress caused by cycling hypoxia. [36–39].
Ironically the main mechanism of ionizing irradiation and
many anticancer drugs to induce apoptosis is through ROS
which activate HIF-1𝛼 [11, 30].

3. ROS and Chemotherapeutic Drugs

Despite great improvements in screening strategies and adju-
vant therapies, current treatments still rely heavily on con-
ventional chemotherapy for most cancers. Additionally, most
of these conventional chemotherapies agents such as taxanes,
anthracyclines, and platinum coordination complexes induce
ROS [11, 40–42] and are somehow cardiotoxic [43, 44].
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Hence, the efficacy of these prooxidant chemotherapeutic
agents is dose-dependent, which is limited by toxicity to
nontumor tissues, as a result of its poor tumor selectivity.
Modulation of ROS levels by antioxidants may be effective
in protecting nontumor tissues especially the heart from
oxidative damage but they may also reduce the efficacy of
these anticancer drugs [43]. Nevertheless, the mechanism by
which these chemotherapeutic agents inducers exhibit antitu-
mor effects is likely multifactorial. Consequently, to improve
survival length and preserve quality of life, the challenge
is to develop approaches aimed at increasing chemotherapy
toxicity to tumor tissue while not affecting nontumor tissues
[43, 44].Therefore, the degree to which ROS contribute to the
antineoplastic effects of these chemotherapeutic drugs should
be evaluated.

4. Antioxidants Playing Hyde and Jekyll

4.1. Exogenous Antioxidant. In order to maintain an appro-
priate level of ROS and regulate their action, the body’s
natural defense against oxidative stress consists of sev-
eral antioxidative systems. Therefore, mammalian cells have
developed many enzymatic and nonenzymatic antioxidative
systems [20, 45, 46] as well as transfer proteins that sequester
prooxidant metals inhibiting their participation in redox
reactions (Table 1) [47]. Components of the endogenous
antioxidant defense system work together and in concert
with dietary antioxidants (Table 2) [20, 21, 46] to prevent and
reduce oxidative stress. In addition, the antioxidant activity
of many of these enzymes and compounds is reliant upon
minerals derived from the diet such as selenium, copper,
manganese, and zinc (Table 2) [48]. Much debate has focused
on the use of antioxidant supplements by patients undergoing
chemotherapy due to concerns that the antioxidants may
interfere with the mechanism of action of the therapeutic

Table 1: Endogenous antioxidants.

Endogenous antioxidants Examples

Enzymes
Superoxide dismutase
Catalase
Peroxiredoxins

GSH enzyme-linked system
Glutathione peroxidase
Glutathione S-transferase
Glutathione reductase

Nonenzymes
Glutathione
Cysteine
Thioredoxin

Metal-binding proteins
Ferritin
Metallothionein
Ceruloplasmin

Table 2: Exogenous antioxidants.

Example of exogenous antioxidants
Vitamin C → Ascorbate/ascorbic acid
Vitamin E → Tocopherols, tocotrienols
Carotenoids → 𝛼-carotene, 𝛽-carotene, lycopene

Polyphenols → Flavonols, flavanols, anthocyanins,
isoflavones, phenolic acid

Trace elements → Selenium, copper, manganese, zinc

agent and subsequently decrease its efficacy [21, 49]. On
the other hand, others argue that antioxidant supplements
are beneficial to patients undergoing chemotherapy because
they enhance the efficacy of the chemotherapy as well
as alleviate toxic side effects, allowing patients to tolerate
chemotherapy for the full course of treatment and lessen
the need for dose reduction [20, 43]. Despite convincing
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evidence from preclinical experiments, clinical trials that
tested dietary antioxidant nutrients and micronutrients as
cancer chemoprevention agents have been unsuccessful or
even resulted in harm [49, 50]. The lack of success in clinical
trials and the discrepancies with preclinical experiments can
be explained by factors, such as (i) lack of biological rationale
for selecting the specific agents of interest, (ii) limited number
of agents tested to date, and (iii) insufficient duration of
the interventions and follow-up. Moreover, this high level of
heterogeneity within epidemiological data may support the
existence of other factors that couldmodulate the relationship
between antioxidant and cancer development, explaining
contrasted results across different populations [21, 49].

4.2. Endogenous Antioxidants. Modulation of endogenous
antioxidants is among other strategies to balance the intra-
cellular redox levels. Among the various ROS metabolically
generated, H

2
O
2
, the nonradical two-electron reduction

product of oxygen, emerged as central hub in redox signaling
and oxidative stress. Processes such as proliferation, differen-
tiation, inflammation, and apoptosis use H

2
O
2
as signaling

compound. Metabolic sinks of this low-molecular-weight
include the peroxidatic reaction carried out by catalase and
numerous peroxidases [51]. However, due to the high affinity
of H
2
O
2
for thiol residues, the new and expanding family

of thiol-specific antioxidant enzymes, peroxiredoxins, has
received considerable attention. Indeed, under physiological
conditions, eukaryotic peroxiredoxins are responsible for the
reduction of 90% of intracellular H

2
O
2
. On the other hand,

peroxiredoxins can be easily inactivated by H
2
O
2
, disabling

peroxidase activity and therefore limiting their ability to
act as antioxidant, particularly in an oxidative environment
like inflammation and intermittent hypoxia [52]. Notably,
enhancement of GSH levels was described in hypoxic intra-
cellular environment [53, 54]. Glutathione (GSH) is consid-
ered to be themajor thiol-disulfide redox buffer of the cell. On
average, the GSH intracellular concentration is 0.5–10mM
[55]. This is far higher than most redox active compounds
making GSH an important intracellular antioxidant and
redox potential regulator that plays a vital role in drug
detoxification and cellular protection from damage by free
radicals, peroxides, and toxins [56]. Given the range of
critical cellular functions involving GSH, it has long been
considered that the modulation of intracellular GSH levels
would be of great clinical benefits. Enhancement of GSH
levels for cytoprotection is available by the administration of
its precursor N-Acetyl cysteine, since direct administration
of reduced GSH has physical and chemical limitations [56,
57]. Contrastingly, these cytoprotective effects of GSH and
its associated enzymes in many types of cancer lead to
an increased tumor cell survival and chemotherapy drug
resistance [58].

4.2.1. Glutathione and Chemoresistance. Preclinical studies
of chemosensitization through antioxidant modulation have
been reported in different tumor cells [44, 58–60]. However,
chemoresistance is a complex system with multiple and het-
erogeneous mechanisms of action which are orchestrated not
only by the tumormicroenvironments but also by the biology

of the tumor [61, 62]. Althoughmost of the chemotherapeutic
drugs are prooxidants, not all the cancer cell death induction
pathways areROS-dependent [43].Nevertheless, chemoresis-
tance is not caused by a single factor but rather contributed
by combinations of many drug-resistant factors such as (1)
reduced intracellular drug accumulation which may result
from changes in drug transportation (increased efflux and
decreased influx of anticancer drugs) and/or enhancement
of detoxification activity; (2) increased DNA repair involving
increased nucleotide excision repair, interstrand crosslink
repair, or loss mismatch repair; (3) changes in the apoptotic
cell death pathways; and (4) intracellular elevated antioxidant
levels [63]. Among the antioxidants involved in the mainte-
nance of intracellular redox balance, a main role is played
by glutathione (GSH) [57]. GSH and its related enzymes
participate not only in the antioxidant defense systems, but
also in some drug-resistance metabolic processes such as
detoxification and efflux of xenobiotics and blockage of the
apoptosis tumor cell death pathway [58]. GSH is a major
contributing factor to drug resistance by interacting with
chemotherapeutic drugs such as cisplatin and trisenox [64,
65]. In fact, there are clinical evidences supporting a role
of the GSH system in overcoming drug resistance and/or
toxicity in solid tumors (e.g., lung cancers and bladder)
treatments outcome [60, 63].Therefore, much effort has been
directed at depleting cellular GSH levels in order to sensitize
tumor cells to the cytotoxic effects of anticancer drugs. The
use of buthionine sulfoximine (BSO), an inhibitor of GSH
synthesis [66], was performed in clinical trials [67–70]. How-
ever, the approach was limited by BSO availability and lack of
selectivity of this drug for tumor versus normal cells [56]. But
it is notable that GSH plays an important role in drug resis-
tance and its depletion demonstrated to be effective in the
sensitization of different types of cancer patients to cytotoxic
chemotherapy [67–70]. Another alternative in progress is the
development and optimization of GSH analogues that inhibit
the enzyme glutathione-S-transferase (GST) responsible for
the detoxification overcoming, therefore, chemoresistance
[56, 71]. Among the GSH analogues developed, one (TLK
286), which is in clinical trial phase 3 settings for non-small-
cell lung and ovarian cancer, appears to sensitize these tumors
to cytotoxic chemotherapies [56]. However, the lack of tumor
specificity is still a potential problem.

4.3. Antioxidant and Possible Clinical Benefits. Altogether,
it should be recognized that understanding the redox bio-
chemistry differences between normal and cancer cells is
essential for the design and development of strategies to
overcome oxidative damage or prooxidant chemoresistance
[61, 62]. Even within a specific cancer type, the malignant
cell populations are heterogeneous and intracellular oxidative
levels may change as the disease progress [61]. Consequently,
studying intra- and intertumor heterogeneous distribution of
antioxidants levels may be an important factor to overcome
tumor progression. Additionally, it is known that alterations
in cellular redox metabolism play a crucial role in the acti-
vation or loss of tumor suppressor proteins activities such as
breast cancer susceptibility gene breast cancer 1 (BRCA1) and
phosphatase and tensin homolog deleted on chromosome 10
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(PTEN) [3, 72–78]. The BRCA1 is an oncosuppressor gene
with a relatively broad cellular role such as DNA repair
(including nucleotide excision repair, NER, and double-
strand break repair, DSBR), transcriptional regulation, and
chromatin remodeling [79–83]. Notably, BRCA1 has also an
antioxidant role in response to oxidative stress in which
ROS cause DNA damage due to oxidation [73–75]. Loss
or mutation of the BRCA1 gene was firstly described to be
associated with increased risk of breast and ovarian cancers
[80, 82–86].Moreover, BRCA1 expression has been correlated
with cancer aggressiveness and chemotherapy sensitivity in
other solid tumors such as prostate [87–89], non-small-cell
lung cancer [90–94], and pancreas [95, 96]. The superfamily
of protein tyrosine phosphatase (PTP) enzymes functions
in a coordinated pattern with protein tyrosine kinases to
control the cellular regulatory signal processes such as cell
growth, proliferation, and differentiation [97–100]. PTEN, a
class 2 VH1-like (poxvirus vaccinia) DUSP (dual specificity
phosphatase) [100] and likewise a member of phosphatase
protein family, is modulated by ROS [98, 101]. The oxidation
of the active site Cys byROS abrogates PTENcatalytic activity
and, thereby, switching on the phosphatidylinositol-3-kinase
(PI3K) proliferation pathway [72, 75–77, 100, 101]. The tumor
suppressor PTEN is one of themost frequentlymutated genes
in human cancer and is generally associated with advanced
cancers andmetastases [72]. A recent study reveals that PTEN
loss activity is the most important alteration for cellular
malignant transformation in mammary epithelial cells [102].
A recent study reveals that PTEN loss activity is a common
event in breast cancers caused by BRCA1 deficiency [103]
due to ROS enhancement. Recently, the modulation of other
tumor suppressor genes was described to be ROS-dependent
[78, 104, 105]. Therefore, the use of antioxidant might protect
the biomarkers ROS-dependent tumorigenesis like BRCA1
and PTEN (Figure 5).

5. Conclusions

Enhancing the capacity of antioxidant in order to protect
cells from redox-related changes or environmental toxins
represents a persistent aim in the search for cytoprotective
strategies against cancer. On the contrary, the strategy of

depleting antioxidant is aimed at sensitizing cancer cells
to chemotherapy, the so-called chemosensitization. In this
context, it has been reported that antioxidant may be a
determining factor for the sensitivity of some tumors to
various chemotherapeutic agents. In particular, GSH and
GSH enzyme-linked system are a relevant parameter for
chemotherapy response, and it may be utilized as a useful
biomarker for selecting tumors potentially responsive to
chemotherapeutic regiments.The involvement of antioxidant
in the carcinogenesis and in the drug resistance of tumor
cell is clear, but further studies, aimed at understanding
the antioxidant-driven molecular pathways and the biology
of the tumor cells, are crucial to design new therapeutic
strategies to fight cancer progression and overcome chemore-
sistance.
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A reduction of the nitric oxide (NO) action in vascular smooth muscle cells (VSMC) could play a role in the vascular damage
induced by the glycaemic excursions occurring in diabetic patients; in this study, we aimed to clarify whether a short-term
incubation of cultured VSMC with high glucose reduces the NO ability to increase cGMP and the cGMP ability to phosphorylate
VASP at Ser-239. We observed that a 180min incubation of rat VSMC with 25mmol/L glucose does not impair the NO-induced
cGMP increase but reduces VASP phosphorylation in response to both NO and cGMP with a mechanism blunted by antioxidants.
We further demonstrated that high glucose increases radical oxygen species (ROS) production and that this phenomenon is
prevented by the PKC inhibitor chelerythrine and the NADPH oxidase inhibitor apocynin. The following sequence of events is
supported by these results: (i) in VSMC high glucose activates PKC; (ii) PKC activates NADPH oxidase; (iii) NADPH oxidase
induces oxidative stress; (iv) ROS impair the signalling of cGMP, which is involved in the antiatherogenic actions of NO.Thus, high
glucose, via oxidative stress, can reduce the cardiovascular protection conferred by the NO/cGMP pathway via phosphorylation of
the cytoskeleton protein VASP in VSMC.

1. Introduction

Among the factors involved in the huge increase of cardio-
vascular risk occurring in diabetes mellitus, a pivotal role is
played by a reduced synthesis and action of nitric oxide (NO)
[1], a substance exerting a major role in vascular biology by a
wide array of antihypertensive and antiatherogenic properties
[2–4]. As it is widely recognized, in diabetes mellitus there
is a reduced synthesis of NO by vascular endothelium, mir-
rored by a reduction of the so-called “endothelial-dependent
relaxation,” that is, the “in vivo” vasodilation induced by
agents able to stimulate the endothelial synthesis of NO [5,
6]. More controversial is the impairment of the NO action
in diabetic patients: for instance, in some studies the so-
called “endothelium-independent” relaxation (i.e. the vasodi-
lation induced by exogenous administration of NO donors)

is preserved in the presence of an impaired “endothelial-
dependent relaxation” [7–9], whereas in other studies both
the endothelial and the non-endothelial-dependent relax-
ation are impaired [10–14].

Therefore, since the endothelial-independent vasodila-
tion mirrors the response of vascular smooth muscle cells
(VSMCs) to NO, it has not been completely clarified as yet
whether in the presence of diabetes mellitus these cells show
a normal or an impaired response to NO, at least as far as
vasodilation is concerned.

One of the main actions of NO is to activate the soluble
guanylate cyclase (sGC), with the consequent biosynthesis of
cyclic guanosine 3,5-monophosphate (cGMP), an ubiqui-
tous intracellular second messenger which mediates a large
spectrum of biological processes, such as cell contractility,
mobility, growth, and apoptosis: the relevance of cGMP
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signalling in cardiovascular pathophysiology and therapeu-
tics has been exhaustively reviewed [4, 15]. In particular,
cGMP deeply influences VSMC contractility, proliferation,
and switch from the contractile “differentiated” to the syn-
thetic/secretory “de-differentiated” phenotype [16].The influ-
ence of cGMP on the cardiovascular system is exerted by acti-
vating cGMP-dependent protein kinases and phosphatases
[15, 17].

The main cGMP-dependent protein kinase in VSMC
is PKG type I [15]: the sequential activation of sGC and
PKG plays a crucial role in NO action. In particular,
downregulation of both enzymes impairs the NO ability to
modulate VSMC functions, leading to excessive proliferation,
constriction, and secretory activity, as observed in vascular
disorders, and ablation of the PKGgene deeply interferes with
NO/cGMP-dependent VSMC relaxation both “in vivo” and
“in vitro” [18].

One of the PKG-I actions is the phosphorylation, mainly
at serine 239, of the vasodilatory-stimulated phosphoprotein
(VASP): VASP is a thin filament-actin binding cytoskeletal
protein playing a pivotal role in cell adhesion, motility, and
migration and—by binding to actin filaments and stress
fibers—in cell contraction [19–23]. Thus, VASP phosphory-
lation at serine 239 is not only a marker of PKG activation
but also a mediator of relevant biological actions exerted by
the NO/cGMP/PKG pathway, such as modulation of actin
polymerization, cell-cell contacts, and relaxation [19–23].

Dysfunction of the cGMP signalling at any level occurs in
many cardiovascular diseases, such as arterial and pulmonary
hypertension, atherosclerosis, cardiac hypertrophy, vascular
remodelling, myocardial ischemia, and heart failure [15].The
dysfunction of the cGMP signalling in diabetesmellitus needs
to be further elucidated, as previously mentioned.

Since hyperglycaemia is the main biochemical feature of
diabetes mellitus, we aimed to clarify in this study whether
high glucose impairs in VSMC the ability of NO to increase
the synthesis of cGMP and to activate the downstream
cascade of events leading to VASP phosphorylation; fur-
thermore, we aimed to clarify the mechanisms involved in
this putative impairment, with a peculiar emphasis for the
oxidative stress, which is deeply involved in the pathogenesis
of diabetes vascular complications and mediates the vascular
damage induced by hyperglycaemia [24, 25].

In particular, we aimed at investigating the role of a short-
term VSMC incubation with high glucose: the rationale of
our experimental design “in vitro” is the fact that in the last
years it has been observed that acute increases of blood glu-
cose concentrations “in vivo,” the so-called “glucose spikes,”
mainly occurring after meals, confer a high cardiovascular
risk attributed to acute increases of oxidative stress [26].

Interestingly, in a prospective study carried out in our
diabetes clinic, we demonstrated that postprandial blood
glucose is a stronger predictor of cardiovascular events and
death than fasting blood glucose even after the correction
for the long-term glucose control marker haemoglobin A1C
[27, 28].

In the light of these clinical observations, we decided
to evaluate the influence of short-term incubations with

high glucose on the NO/cGMP pathway in VSMC and the
potential role of oxidative stress.

We also aimed at evaluating the role of protein kinase
C (PKC) in the putative glucose-induced, oxidative stress-
mediated impairment of the NO-cGMP signalling in VSMC,
since one of the main mechanisms linking high glucose
and oxidative stress is the glucose-induced activation of
PKC, which in turn activates the superoxide anion gener-
ating enzyme nicotinamide adenine dinucleotide phosphate
(NADPH) oxidase [29].

2. Materials and Methods

2.1. Research Design. The study has been carried out in
cultured rat aortic VSMC.

(a) To evaluate whether high glucose reduces the NO
ability to increase the VASP phosphorylation at serine
239, aortic VSMCs were incubated for 60min with
the NO donor SNP (100 𝜇mol/L) with or without
a 120min preincubation of 25mmol/L glucose to
measure VASP phosphorylation at serine 239: in the
following part of the paper, we will indicate this kind
of phosphorylation simply as “VASP phosphoryla-
tion.”

(b) To evaluate whether the glucose-induced impair-
ment of the NO ability to phosphorylate VASP is
attributable to a reduction of the NO ability to
increase cGMP, cGMP concentrations have been
measured in aortic VSMC incubated for 60min with
the NO donor SNP (100𝜇mol/L) with or without a
120min preincubation with 25mmol/L glucose.

(c) To evaluate whether high glucose reduces the cGMP
ability to phosphorylateVASP,VASPphosphorylation
has been measured in aortic VSMC incubated for
60min with the cell-permeable cGMP analog 8-
Br-cGMP (500𝜇mol/L) with or without a 120min
preincubation with 25mmol/L glucose.

(d) To evaluate the involvement of oxidative stress on
the high glucose-induced impairment of the NO- and
cGMP-induced VASP phosphorylation, the experi-
ments described at points (a) and (c) were repeated
in the presence of a 20min preincubation with the
ROS scavenging enzymes SOD (300U/mL) + catalase
(250U/mL).

(e) To evaluate whether high glucose increases radical
oxygen species (ROS) production in VSMC and
whether this increase is attributable to a PKC-induced
activation of NADPH oxidase, ROS concentrations
were measured in VSMC with or without a 180min
incubation with 25mmol/L glucose, in the absence
or in the presence of a 20min preincubation with
the PKC inhibitor chelerythrine (2.5 𝜇mol/L) and the
NADPH oxidase inhibitor apocynin (10 𝜇mol/L). To
evaluate the putative influence on ROS production
of two other ROS sources, that is, the mitochon-
drial electron transport chain complex and xanthine
oxidase, experiments with 25mmol/L glucose were
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also repeated in the presence of a 20min preincuba-
tion with their specific inhibitors, that is, rotenone
(10 𝜇mol/L) and allopurinol (50 𝜇mol/L), respec-
tively. Finally, as a control experiment for themethods
employed, experiments with 25mmol/L glucose were
repeated in the presence of a 20min preincubation
with 300U/mL SOD + 250U/mL catalase when
hydrogen peroxidewasmeasured and 300U/mLSOD
when superoxide anion was measured.

(f) To evaluate whether high glucose increases PKC
alpha-beta phosphorylation, the phosphorylation of
PKC 𝛼/𝛽II was measured in VSMC with or without a
180min incubation with 25mmol/L glucose.

(g) To evaluate whether activation of PKC and NADPH
oxidase mediates the influence of high glucose on
the VASP phosphorylation in response to cGMP,
experiments described at point (c) were repeated
in the presence of a 20min preincubation with
2.5 𝜇mol/L chelerythrine and 10 𝜇mol/L apocynin.
Experiments have been also repeated in the presence
of 10 𝜇mol/L rotenone, to exclude the influence of the
mitochondrial electron transport chain complex.

2.2. Chemicals. Minimum essential medium (MEM), bovine
serum albumin (BSA), sodium nitroprusside (SNP), 8-Br-
cGMP, lucigenin, CaCl

2
, MgCl

2
, 4𝛽-phorbol 12-myristate

13-acetate (PMA), superoxide dismutase (SOD), catalase,
chelerythrine, apocynin, rotenone, and allopurinolwere from
Sigma-Aldrich (St. Louis, MO, USA). Dihydrodichloroflu-
orescin diacetate was from Invitrogen Molecular Probes
(Paisley, UK). Compounds used for western blots are detailed
in the specific paragraphs.

2.3. Animals and VSMC Culture. Experiments have been
carried out in VSMC derived from aorta of lean Zucker rats
isolated and cultured in our laboratory. In particular, male
and age-matched rats (𝑛 = 4), purchased from Charles
River Laboratories (Calco, Italy), were fed with standard
rodent chow and water ad libitumuntil 14 weeks old and
killed with CO

2
after 12-hour fasting. Aorta was processed

for VSMC isolation, culture, and characterization. Cells were
characterized by phenotype and checked for the presence
of smooth muscle cell 𝛼-actin and the absence of factor
VIII (staining with a fluorescein isothiocyanate-conjugated
antibody specific for factor VIII antigen). Cells were cultured
using MEM (containing 5mmol/L glucose) supplemented
with 10% fetal calf serum (FCS), 10mM glutamine, and
antibiotics, and bufferedwith 10mMN-Tris (hydroxymethyl)
methyl-2-aminoethane-sulphonic acid (TES) and 10mM
N-(2-hydroxyethyl) piperazine-N1-(2-ethanesulphonic acid)
(HEPES). For the experiments, cells were used at 3th-4th
passage and cultured until 70% confluence was achieved.
Then, medium with serum was removed and cells were
made quiescent by serum starvation and cultured in MEM
containing 0.1% BSA. Experiments have been carried out
following the National Institutes of Health Guide for the Care
and Use of Laboratory Animals 1996 (7th ed.; Washington,

DC: National Academy Press, National Research Council
Guide) and approved by our Institution.

2.4. Intracellular cGMP Measurement. For intracellular
cGMP measurementcells were cultured into 6-well plates
with medium containing 10% FCS until 70% confluence
was achieved; the medium was then removed and replaced
overnight with medium containing 0.1% BSA. At the end of
the different incubation periods, medium was removed from
each well and 300 𝜇L absolute ethanol was added. A complete
evaporation of ethanol was obtained under shaking. Then,
the precipitated was dissolved in 300 𝜇L acetate buffer and
kept at −70∘C until the assays. cGMP was measured by RIA
kits (Immuno Biological Laboratories, Hamburg, Germany).
The sensitivity of assay was less than 0.3 fmol per 0.1mL,
the specificity was 100% for cGMP, 0.0004% for cAMP, and
0.0001% for guanosine monophosphate (GMP), guanosine
diphosphate (GDP), adenosine triphosphate (ATP), and
guanosine triphosphate (GTP), and intra-assay coefficient
of variation was 4.4%. Results were expressed as picomoles
cGMP per milligram cell proteins.

2.5. Protein Expression and Extent of Protein Phosphorylation
by Western Blot. To evaluate the protein expression and the
extent of protein phosphorylation by western blot, VSMC
extracts (20 𝜇g) were separated by 10% SDS-PAGE and
transferred to Immobilon-P Transfer Membranes (Millipore
Co, Bedford, MA, USA). Membranes were incubated with
the following primary antibodies: rabbit polyclonal anti-
total VASP (1 : 15000) and mouse monoclonal anti-VASP
phosphorylation at Ser 239 (1 : 1000) (Santa Cruz Biotec-
nology Inc., CA, USA); rabbit polyclonal anti-PKC (𝛼/𝛽/𝛾)
(1 : 1000) (Upstate, USA) and rabbit polyclonal phospho-
PKC 𝛼/𝛽II (Thr 638/641) (1 : 1000) (Cell Signalling, USA).
We used as secondary antibodies anti-rabbit (1 : 10000) or
anti-mouse (1 : 50000) conjugated to horseradish peroxidase.
All the antibodies were diluted in PBS containing 0.1%
Tween-20 (Sigma-Aldrich). Blots were scanned and analyzed
densitometrically by the image analyzer 1D Image Analysis
software (Kodak, Rochester, NY).

2.6. Determination of Cellular Reactive Oxygen Species (ROS).
ROS were measured by using the DCF-DA assay, more
specific for detection of hydrogen peroxide, and the lucigenin
assay, more specific for the detection of superoxide anion.

2.6.1. The DCF-DA Assay. This assay was carried out by
using the sensitive fluorescent indicator 2,7-dihydrodi-
chlorofluorescin diacetate (DCF-DA), a diacetylated fluores-
cence probe which diffuses into the cells, where intracellular
esterases cleave the acetyl groups, and is oxidized by H

2
O
2

to the highly fluorescent 2,7-dichlorodihydrofluorescein
(DCF) [30].

In particular, VSMCs cultured in 96-multiwell plates
(1 × 105mL−1) were incubated with MEM with BSA 0.1%
containing 5 or 25mmol/L glucose for 3 h at 37∘C. Posi-
tive control cells were incubated with 5mmol/L glucose in
the presence of 4𝛽-phorbol 12-myristate 13-acetate (PMA)
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(10 𝜇mol/L) for 1 h, washed, and loaded with DCF-DA. After
treatment, the medium was aspirated and cells were washed
with PBS containing 1mM CaCl

2
and 1mM MgCl

2
(PBS+)

and incubated in the dark for 60min at 37∘C in the presence
of 10 𝜇Mof DCF-DA. After that, cells were washed with PBS+
and the emitted DCF fluorescence was collected and mea-
sured using a plate fluorometer (GloMax-Multi Detection
System, Promega Corporation, Madison, WI, USA) fitted
with 490 nm excitation and 520 nm emission filters. Each
assay was carried out with six replicates and the fluorescence
measure for each treatment was the average value of at least
three independent experiments. ROS intracellular levels were
expressed as fold increase fromvalueswith 5mmol/L glucose.

2.6.2. The Lucigenin Assay. O
2

− levels were measured by
lucigenin-enhanced chemiluminescence method based on
light emission from reaction between reduced lucigenin and
O
2

− as previously described [31]. Briefly, VSMCs, after a
24 h serum starvation, were resuspended at 5 × 105 cells/mL
into a luminometer cuvette containing phosphate buffer and
maintained at 37∘C for 10min. After a 5 sec dark adaptation,
lucigenin (final concentration 25𝜇mol/L) was added into
the cuvette and chemiluminescence was recorded 3 sec after
the last injection over a 60min period at 1min intervals by
the luminescence reader (GloMax-Multi Detection System,
Promega Corporation, Madison, WI, USA). Specificity of
reaction for O

2

− was demonstrated by preincubating cells
with extracellular SOD (300U/mL). Chemiluminescence
activity unit is the relative light unit and O

2

− intracellular
levels were expressed as relative light unit per cell.

2.7. Statistical Analysis. Data are expressed as means ±
standard error of the mean (S.E.M). Statistical analysis was
performed by means of analysis of variance (ANOVA) to
determine the statistical significance of dose-response effects
and by unpaired Student’s t-test when only two values were
compared.

3. Results

3.1. High Glucose Reduces the SNP-Induced VASP Phospho-
rylation at Ser 239. As shown in Figure 1, (i) high glucose
did not modify VASP expression and phosphorylation in
the absence of SNP; (ii) SNP did not modify total VASP
expression neither in the absence nor in the presence of high
glucose; (iii) SNP induced a significant VASP phosphoryla-
tion in the presence of both 5mmol/L (𝑛 = 6, 𝑃 < 0.0001)
and 25mmol/L glucose (𝑛 = 6, 𝑃 = 0.003), the percent values
on baseline being 602.4 ± 17% and 165.7 ± 10.9%, respectively.
In the presence of 25mmol/L glucose, values were significant
lower than in the presence of 5mmol/L glucose (𝑃 < 0.0001).

3.2. High Glucose Does Not Modify the SNP-Induced Increase
of cGMP. As shown in Figure 2, SNP induced a significant
increase of cGMP concentrations in the presence of both
5mmol/L glucose (𝑛 = 6,𝑃 < 0.0001) and 25mmol/L glucose
(𝑛 = 6, 𝑃 < 0.0001), without significant differences between
the two glucose concentrations.
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Figure 1: Effects of a 120min preincubation with 5 and 25mmol/L
glucose on total VASP expression and VASP phosphorylation at
Ser 239 in the absence or in the presence of a 60min incubation
with the NO donor SNP (100𝜇mol/L). Blots are representative of
six different experiments. The increase induced by SNP on VASP
phosphorylation at both 5 and 25mmol/L (𝑃 < 0.0001 and 𝑃 =
0.003, respectively) was lower at 25 than at 5mmol/L (𝑃 < 0.0001).
SNP did not modify total VASP expression neither in the absence
nor in the presence of high glucose.
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Figure 2: Effects of a 120min preincubation with 5 and 25mmol/L
glucose on cGMP production in the absence or in the presence of
a 60min incubation with the NO donor SNP (100𝜇mol/L). The
increase induced by SNP at both 5 and 25mmol/L (𝑛 = 6,𝑃 < 0.0001
for both) was similar for both glucose concentrations (𝑃 = ns).

3.3. High Glucose Reduces the cGMP-Induced VASP Phos-
phorylation at Ser 239. As shown in Figure 3, 8-Br-cGMP
induced a significant VASP phosphorylation in the presence
of 5mmol/L (𝑛 = 6, 𝑃 < 0.0001), 15mmol/L (𝑛 = 6, 𝑃 <
0.0001), and 25mmol/L glucose (𝑛 = 6, 𝑃 < 0.0001). When
values are expressed as percent of baseline values at glucose
5mmol/L, the extent of VASP phosphorylation induced by
8-Br-cGMP dose dependently decreased (ANOVA: 𝑃 <
0.0001).
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Figure 3: Effects of a 120min preincubation with 5, 15, and
25mmol/L glucose on VASP phosphorylation at Ser 239 in the
absence or in the presence of a 60min incubation with the cell-
permeable cGMP analog 8-Br-cGMP (500 𝜇mol/L). Blots are rep-
resentative of six different experiments. 8-Br-cGMP induced a sig-
nificant VASP phosphorylation at the three glucose concentrations
(𝑃 < 0.0001 for each of them).When values are expressed as percent
of values at glucose 5mmol/L, the extent of VASP phosphorylation
induced by 8-Br-cGMP dose dependently decreased (ANOVA: 𝑃 <
0.0001).
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Figure 4: Effects of a 20min preincubation with the antioxidant
mixture SOD (300U/mL) + catalase (250U/mL) on the SNP-
induced VASP phosphorylation at Ser 239 in the presence of 5
and 25mmol/L glucose. Blots are representative of six different
experiments. SOD and catalase did not modify the significant
increase of VASP phosphorylation induced by SNP in the presence
of 5mmol/L glucose but significantly increased the extent of the
SNP-induced VASP phosphorylation in the presence of glucose
25mmol/L (𝑃 < 0.0001).

3.4. The Antioxidant Mixture SOD + Catalase Prevents the
Inhibitory Effects Exerted by High Glucose on the VASP Phos-
phorylation Induced by SNP and by 8-Br-cGMP. As shown in
Figures 4 and 5, the antioxidant mixture SOD + catalase did
not modify the extent of VASP phosphorylation induced by
SNP or 8-Br-cGMP in the presence of 5mmol/L glucose but
restored the inhibitory effects induced by 25mmol/L glucose
(𝑛 = 6, 𝑃 < 0.0001 for both).
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Figure 5: Effects of a 20min preincubation with the antioxidant
mixture SOD (300U/mL) + catalase (250U/mL) on the 8-Br-
cGMP-induced VASP phosphorylation at Ser 239 in the presence
of 5 and 25mmol/L glucose. Blots are representative of six different
experiments. SOD and catalase did not modify the significant
increase of VASP phosphorylation induced by 8-Br-cGMP in the
presence of 5mmol/L glucose but significantly increased the extent
of 8-Br-cGMP-induced VASP phosphorylation in the presence of
glucose 25mmol/L (𝑃 < 0.0001).

3.5. The High Glucose-Induced Increase of ROS Production
Is Prevented by PKC and NADPH Oxidase Inhibitors. As
shown in Figure 6, a 180min incubation with 25mmol/L
glucose increased ROS production, measured by the DCF-
DA assay specific for H

2
O
2
(𝑛 = 6, 𝑃 < 0.0001).

This increase was inhibited by preincubation with the PKC
inhibitor chelerythrine (2.5𝜇mol/L) (𝑛 = 6, 𝑃 < 0.0001),
the NADPH-oxidase inhibitor apocynin (10 𝜇mol/L) (𝑛 =
6, 𝑃 < 0.0001), and, as expected, by SOD (300U/mL) +
catalase (250U/mL) (𝑛 = 6, 𝑃 < 0.0001). With the three
inhibitors, ROS values were similar to those measured in the
presence of 5mmol/L glucose (𝑃 = ns). ROS production
was unaffected by incubation with 10 𝜇mol/L rotenone and
50 𝜇mol/L allopurinol (𝑃 = ns versus 25mmol/L glucose for
both).

Similar results have been obtained by the lucigenin assay,
specific for O

2

−. In particular, when values are expressed
as percent of baseline values at 5mmol/L glucose, in the
presence of 180min incubation with 25mmol/L glucose the
O
2

− production was 144.7 ± 22.5% (𝑛 = 6, 𝑃 < 0.0001):
this increase was completely inhibited by preincubation with
the PKC inhibitor chelerythrine (2.5 𝜇mol/L) (𝑛 = 6, 𝑃 <
0.0001), theNADPH-oxidase inhibitor apocynin (10 𝜇mol/L)
(𝑛 = 6, 𝑃 < 0.0001), and, as expected, by SOD (300U/mL)
(𝑛 = 6, 𝑃 < 0.0001). With the three inhibitors, O

2

− values
were similar to those measured in the presence of 5mmol/L
glucose (𝑃 = ns).

3.6. High Glucose Increases PKC Alpha/Beta Phosphoryla-
tion. As shown in Figure 7, 25mmol/L glucose induces a
PKC 𝛼/𝛽II activating phosphorylation without modifying
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Figure 6: Effects of a 180min incubation with 5 and 25mmol/L
glucose on ROS concentrations in the absence or in the pres-
ence of a 20min preincubation with the PKC inhibitor chel-
erythrine (2.5𝜇mol/L), the NADPH-oxidase inhibitor apocynin
(10𝜇mol/L), the mitochondrial electron transport chain complex
inhibitor rotenone (10 𝜇mol/L), the xanthine oxidase inhibitor
allopurinol (50𝜇mol/L), and a mixture of SOD and catalase
(300U/mL/250U/mL) (𝑛 = 6). ROS values in the presence of
25mmol/L glucose were significantly higher than in the presence
of 5mmol/L glucose (𝑛 = 6, 𝑃 < 0.0001). SOD + catalase, chel-
erythrine, and apocynin blunted the effects of glucose 25mmol/L
(𝑃 < 0.0001 for each), whereas rotenone and allopurinol did not
modify the high glucose effects (𝑃 = ns).

protein expression. In particular, a 180min incubation with
25mmol/L glucose in comparison to 5mmol/L glucose (i)
did not modify the expression of total PKC 𝛼/𝛽/𝛾 (𝑛 = 4,
𝑃 = ns); (ii) increased the phosphorylation of PKC 𝛼/𝛽II at
Thr 638/641 (𝑛 = 4, 𝑃 < 0.0001).

3.7. In the Presence of High Glucose, the cGMP-Induced VASP
Phosphorylation Is Increased by PKC and NADPH Oxidase
Inhibitors. As shown in Figure 8, the VASP phosphorylation
induced by 8-Br-cGMP in the presence of 25mmol/L glucose
was significantly enhanced by both 2.5𝜇mol/L chelerythrine
and 10 𝜇mol/L apocynin (𝑛 = 4,𝑃 < 0.0001 for both) and was
unaffected by 10 𝜇mol/L rotenone.

4. Discussion

This study shows that, in cultured rat aortic VSMC, a short-
term incubation with high glucose impairs the NO-induced
VASP phosphorylation at serine 239 and that this effect is
not due to a reduced cGMP synthesis but due to a reduced
cGMP action and involves oxidative stress. The proposed
mechanism is the following sequence of events: (i) high
glucose activates PKC; (ii) PKC activates NADPH oxidase;
(iii) NADPH oxidase increases the production of superoxide
anion, and, consequently, of hydrogen peroxide; (iv) ROS
impair the cGMP ability to phosphorylate VASP at serine 239.
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Figure 7: Effects of a 180min incubation with 5 and 25mmol/L
glucose on nonphosphorylated PKC 𝛼/𝛽/𝛾 isoforms and on PKC
𝛼/𝛽II phosphorylated at Thr 638/641. Blots are representative of
four different experiments. Glucose 25mmol/L did not modify
the expression of nonphosphorylated PKC 𝛼/𝛽/𝛾 isoforms and
increased PKC 𝛼/𝛽II phosphorylation (𝑃 < 0.0001).

As far as we know, this study provides the first evidence
of the high glucose ability to reduce the NO/cGMP-induced
VASP phosphorylation in cultured VSMC: a previous study,
carried out with a long-term incubation with high glucose,
demonstrated a similar inhibition in cultured human lung
microvascular endothelial cells [32]. A reduced VASP phos-
phorylation was also observed in endothelial progenitor cells
derived from two diabetic patients and therefore exposed to
high glucose “in vivo” [32].

Our study also shows that oxidative stress plays a piv-
otal role in the high glucose-induced impairment of the
NO/cGMP signalling in VSMC, since this impairment is
completely prevented by the antioxidant mixture SOD +
catalase.

As it is well known, during the physiological cellular
metabolism oxygen undergoes a cascade of reductions,
leading to the sequential production of superoxide anion,
which is dismutated by superoxide dismutases (SOD) to
hydrogen peroxide, which is catalyzed to H

2
O by catalase;

superoxide anion and hydrogen peroxide belong to the class
of the “Reactive Oxygen Species” (ROS); excessive increases
of ROS lead to the so-called “oxidative stress,” a common
phenomenon in many vascular diseases, such as diabetes
mellitus, arterial hypertension, hypercholesterolemia, and
heart failure, as reviewed [33–35].

In our study, SOD and catalase completely prevented the
inhibiting influence exerted by high glucose on the VASP
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Figure 8: Effects of a 20min preincubation with the PKC inhibitor
chelerythrine (2.5𝜇mol/L), theNADPH-oxidase inhibitor apocynin
(10𝜇mol/L), and the mitochondrial electron transport chain com-
plex inhibitor rotenone (10𝜇mol/L), on the 8-Br-cGMP-induced
VASP phosphorylation at Ser 239 in the presence of 25mmol/L
glucose. Blots are representative of four different experiments.
Chelerythrine and apocynin significantly increased the extent of 8-
Br-cGMP-inducedVASPphosphorylation in the presence of glucose
25mmol/L (𝑃 < 0.0001 for both), which was not modified by
rotenone (𝑃 = ns).

phosphorylation induced by the NO/cGMP signalling,
underlining the role of oxidative stress in this phenomenon.

Our working hypothesis was that high glucose increases
in a short-term oxidative stress by a PKC-induced activation
of NADPH oxidase; this hypothesis has been confirmed by
the experiments carried out by measuring ROS concentra-
tions, in which both PKC and NADPH oxidase inhibition
impaired the stimulating effect of high glucose, whereas
inhibitors of other potential ROS sources, such as mito-
chondrial respiratory chain complex and xanthine oxidase,
did not modify the high glucose effects. Interestingly, PKC
and NADPH oxidase inhibitors were also able to restore
the extent of the cGMP-induced VASP phosphorylation
impaired by high glucose. As it is well known, NADPH
oxidase is the major source of ROS in VSMC [36]. We
recently demonstrated that also oleic acid increases oxidative
stress in VSMC by a mechanism involving both PKC and
NADPH oxidase [37]. Previous observations carried out in
our laboratory demonstrated that a 24 h incubation of rat
VSMC with hydrogen peroxide reduces the cGMP-induced
VASP phosphorylation, indicating a peculiar role of oxidative
stress in the impairment of cGMP signalling [31].

In rat aortic VSMC, it has been demonstrated that a long-
term (24–48 h) incubation with high glucose in the absence

of exposure to NO donors or cGMP reduces the constitu-
tive PKG-1 synthesis and, consequently, the PKG-induced
VASP phosphorylation; also in this case the phenomenon is
prevented by NADPH oxidase and PKC inhibitors [38]. The
same authors demonstrated that a 3 h incubation with high
glucose failed to modify PKG-1 expression [38]; thus, the
results we obtained in the present study cannot be attributed
to a reduced synthesis of PKG.

Independently of high glucose, a ROS-mediated reduc-
tion of PKG activity without any change in PKG expression
has been observed in cultured VSMC from ovine fetal
intrapulmonary veins exposed for 30min to hypoxia and
attributed to posttranslational, ROS-induced PKG nitration
in tyrosine residues [39]; interestingly, the ROS-mediated
downregulation of PKG activity wasmore evident in the pres-
ence of cGMP, suggesting that one or more residues within
the cGMP-binding region of PKG are susceptible to ROS-
induced posttranslational modifications [39]. In agreement
with this observation, in our experimental conditions the
extent of VASP phosphorylation—a reliable marker of PKG
activity in vascular tissue [19]—was reduced by high glucose
via oxidative stress only in the presence of NO or cGMP.

In conclusion, our study originally demonstrates the abil-
ity of high glucose to influence the NO/cGMP/PKG/VASP
pathway in isolated, cultured VSMC by a mechanism involv-
ing the increase of oxidative stress mediated by a PKC-
induced enhancement of the NADPH oxidase activity. It
therefore provides some new information to further explain
the interesting results of previous investigations carried out
in aortas from rats sacrificed weeks after a streptozotocin
injection, representing a classical animal model of “in vivo”
hyperglycaemia [40, 41]. Obviously, when hyperglycaemia
occurs “in vivo,” high glucose affects many different tissues
with the occurrence of the well-known intercellular interplay
mediated by the release of differentmolecules, a phenomenon
prevented by the “in vitro” incubation with high glucose
of isolated cells. In any case, in these “in vivo” studies it
has been demonstrated that streptozotocin-induced diabetes
causes an impairment of endothelium-dependent [40, 41] and
endothelium-independent vasodilation [41] and increases
NADPH oxidase activity and expression and superoxide
production in aorta [40, 41], the last phenomenon being pre-
vented by the incubation of aortic rings with PKC inhibitors
and by their “in vivo” administration [40]. Interestingly, “in
vivo” administration of a PKC inhibitor markedly decreased
superoxide anion production both in the endothelial and in
the media layers of the aorta, indicating the occurrence of a
PKC-mediated increase of oxidative stress inVSMC, themain
component of the media [40].

Furthermore, acetylcholine induced an increase of VASP
phosphorylation at serine 239 in aortic tissue of control rats,
but not in that of rats with streptozotocin-induced diabetes;
owing to the experimental design, this phenomenon has
been attributed to the marked reduction of the acetylcholine-
induced NO production in the vascular endothelium [41].

Our study, carried out in isolated cultured VSMC, adds a
further piece of information on the mechanisms of glucose-
induced impairment of VASP phosphorylation in vascular
tissues, since it clarifies that in VSMC this impairment is due
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to a defect of the cGMP signalling and therefore occurs also
independently of the reduced NO synthesis and bioavailabil-
ity caused by the glucose effects on vascular endothelium.

Finally, our present study provides the first demonstra-
tion of the ability of high glucose to rapidly reduce the
NO/cGMP signalling in VSMC; this fact could be relevant
to explain one of the possible mechanisms by which the so-
called “glucose spikes” occurring “in vivo” in diabetic patients
negatively influence vascular function [26].

5. Conclusions

In conclusion, in cultured aortic VSMC a short-term incu-
bation with high glucose reduces the ability of both NO
and cGMP to phosphorylate VASP at Ser 239 with a mech-
anism mediated by oxidative stress. As described in the
Introduction, VASP phosphorylation is deeply involved in
many antihypertensive and antiatherogenic biological actions
exerted by the NO/cGMP/PKG pathway, such as modulation
of cell adhesion, motility, migration, and contraction. Since
the impairment of the NO pathway plays a pivotal role in the
pathogenesis of the atherothrombotic vascular complications
of diabetes, our results, by identifying a potential mechanism
involved in the reduced NO action in VSMC, could have
a clinical relevance. In particular, the results of our study
can clarify another mechanism of the harmful vascular
consequences of the so-called “glucose spikes” occurring “in
vivo” in diabetic patients, which have been attributed to
acute increases of oxidative stress, indicating an involvement
of VSMC beyond the previously described involvement of
vascular endothelium.
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[36] B. Lassègue and R. E. Clempus, “Vascular NAD(P)H oxidases:
specific features, expression, and regulation,” American Journal
of Physiology—Regulatory Integrative and Comparative Physiol-
ogy, vol. 285, no. 2, pp. R277–R297, 2003.

[37] G. Doronzo, M. Viretto, C. Barale et al., “Oleic acid increases
synthesis and secretion of VEGF in rat vascular smooth muscle
cells: role of oxidative stress and impairment in obesity,”
International Journal of Molecular Sciences, vol. 14, pp. 18861–
18880, 2013.

[38] S. Liu, X. Ma, M. Gong, L. Shi, T. Lincoln, and S. Wang,
“Glucose down-regulation of cGMP-dependent protein kinase I
expression in vascular smooth muscle cells involves NAD(P)H
oxidase-derived reactive oxygen species,” Free Radical Biology
and Medicine, vol. 42, no. 6, pp. 852–863, 2007.

[39] S. Negash, Y. Gao, W. Zhou, J. Liu, S. Chinta, and J. U.
Raj, “Regulation of cGMP-dependent protein kinase-mediated
vasodilation by hypoxia-induced reactive species in ovine
fetal pulmonary veins,” American Journal of Physiology—Lung
Cellular and Molecular Physiology, vol. 293, no. 4, pp. L1012–
L1020, 2007.

[40] U. Hink, H. Li, H. Mollnau et al., “Mechanisms underly-
ing endothelial dysfunction in diabetes mellitus,” Circulation
Research, vol. 88, no. 2, pp. E14–E22, 2001.

[41] M. C. Wendt, A. Daiber, A. L. Kleschyov et al., “Differential
effects of diabetes on the expression of the gp91 phox homo-
logues nox1 and nox4,” Free Radical Biology and Medicine, vol.
39, no. 3, pp. 381–391, 2005.



Research Article
Role of Plasma Membrane Caveolae/Lipid Rafts in
VEGF-Induced Redox Signaling in Human Leukemia Cells

Cristiana Caliceti,1 Laura Zambonin,2 Benedetta Rizzo,3 Diana Fiorentini,2

Francesco Vieceli Dalla Sega,2 Silvana Hrelia,3 and Cecilia Prata2

1 Department of Clinical and Experimental Medicine, University of Ferrara, Via Fossato di Mortara 66, 44121 Ferrara, Italy
2 Department of Pharmacy and Biotechnology, Alma Mater Studiorum-University of Bologna, Via Irnerio 48, 40126 Bologna, Italy
3 Department for Life Quality Studies, Alma Mater Studiorum-University of Bologna, C.so Augusto 237, 47921 Rimini, Italy

Correspondence should be addressed to Cecilia Prata; cecilia.prata@unibo.it

Received 15 November 2013; Accepted 21 January 2014; Published 11 March 2014

Academic Editor: Cristina Angeloni

Copyright © 2014 Cristiana Caliceti et al. This is an open access article distributed under the Creative Commons Attribution
License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly
cited.

Caveolae/lipid rafts are membrane-rich cholesterol domains endowed with several functions in signal transduction and caveolin-1
(Cav-1) has been reported to be implicated in regulating multiple cancer-associated processes, ranging from tumor growth to mul-
tidrug resistance and angiogenesis. Vascular endothelial growth factor receptor-2 (VEGFR-2) and Cav-1 are frequently colocalized,
suggesting an important role played by this interaction on cancer cell survival and proliferation.Thus, our attentionwas directed to a
leukemia cell line (B1647) that constitutively produces VEGF and expresses the tyrosine-kinase receptor VEGFR-2.We investigated
the presence of VEGFR-2 in caveolae/lipid rafts, focusing on the correlation between reactive oxygen species (ROS) production
and glucose transport modulation induced by VEGF, peculiar features of tumor proliferation. In order to better understand the
involvement of VEGF/VEGFR-2 in the redox signal transduction, we evaluated the effect of different compounds able to inhibit
VEGF interaction with its receptor by different mechanisms, corroborating the obtained results by immunoprecipitation and
fluorescence techniques. Results here reported showed that, in B1647 leukemia cells, VEGFR-2 is present in caveolae through
association with Cav-1, demonstrating that caveolae/lipid rafts act as platforms for negative modulation of VEGF redox signal
transduction cascades leading to glucose uptake and cell proliferation, suggesting therefore novel potential targets.

1. Introduction

Caveolae and lipid rafts are ordered structures of mem-
brane microdomains, characterized by high concentration
of cholesterol and glycosphingolipids, which are involved in
fundamental cellular functions such as endocytosis, protein
trafficking, and signal transduction [1–4]. Several different
mechanisms probably underlie the lipid raft-controlled cell
signaling. For example, rafts may contain incomplete sig-
naling pathways that are activated when a receptor and/or
other required molecules are recruited into the raft. Oth-
erwise, rafts may be important in limiting signaling, either
by physical sequestration of signaling components to block
nonspecific interactions or by suppressing the intrinsic activ-
ity of signaling proteins present within rafts [5, 6].

The maintenance of cholesterol levels is essential for
functional caveolae and depends, in part, on the interaction
of cholesterol with caveolin-1 (Cav-1), the major structural
component of caveolae [7]. Various receptors and signaling
molecules are localized in these membrane regions and are
negatively regulated by Cav-1 through its scaffolding domain.
In cancers, it is increasingly clear that Cav-1 is implicated
in regulating multiple cancer-associated processes, ranging
from cellular transformation, tumor growth, invasion, and
metastasis to multidrug resistance and angiogenesis [8, 9].

Recent experimental evidence shows also that Vascular
Endothelial Growth Factors (VEGF) promote the release of
Vascular Endothelial Growth Factors Receptor 2 (VEGFR-
2 or KDR) from caveolae/lipid rafts and its consequent
activation, possibly stimulating NAD(P)H oxidases (Nox) in

Hindawi Publishing Corporation
BioMed Research International
Volume 2014, Article ID 857504, 13 pages
http://dx.doi.org/10.1155/2014/857504

http://dx.doi.org/10.1155/2014/857504


2 BioMed Research International

endothelial cells [10]. In these cells, VEGFR-2 is present in
caveolae through association with Cav-1, which negatively
regulates receptor activity in basal state. Dissociation of
VEGFR-2 from caveolae/Cav-1 seems to be essential for
VEGFR-2 autophosphorylation and activation of down-
stream signaling events [7].

There is now a consensus that VEGF family is crucial for
vascular development and neovascularisation in both phys-
iologic and pathologic processes. Although both VEGFR-1
and VEGFR-2 are expressed in the vascular endothelium, the
angiogenic activities of VEGFs (in particular, VEGF-A) are
transduced mainly through VEGFR-2 [11]. VEGF receptors,
indeed, are not exclusively expressed by endothelial cells but
are also present in hematopoietic cells.This is not a surprising
event because during embryonic development, hematopoi-
etic and early endothelial cells (angioblasts) originate from
a common precursor known as hemangioblast. Given this
common root, several pathways are shared by hematopoietic
and vascular cells [12, 13]. Moreover, leukemia cells have
been associated with angiogenesis, upon the demonstration
that leukemia progression is accompanied by an increase
in bone marrow vascularization [14]. In many leukemia
cells, VEGF/VEGFR interactions may stimulate prolifera-
tion, migration, and survival by autocrine and paracrine
loops [15]. In recent studies, the expression of VEGF/
VEGFR in acute myeloid leukemia (AML) patients has been
detected and the increased levels of plasma VEGF have been
correlated with reduced survival and lower remission rates
[16, 17].

Therefore, the elucidation of the mechanisms underly-
ing VEGF/VEGFR activity in leukemia cells is necessary
for the development of agents to be used in combination
with/instead of standard chemotherapy. To achieve this goal,
it must be taken into consideration also the strong role played
by the redox environment in leukemia survival, growth, pro-
gression, relapse, and drug resistance. Reactive oxygen spe-
cies (ROS), indeed, play both positive and negative roles
in cellular proliferation and survival; this feature has been
exploited by leukemia cells to promote the hallmarks of can-
cer phenotype, either through phosphorylation events or
transcriptional alteration [18].

In this context, our attention has been focused on the
study of the correlation between caveolae/lipid rafts and
redox signaling in the human erythromegakaryocytic cell
line, B1647, a model of acute myeloid leukemia (AML)
constitutively producing VEGF and expressing its tyrosine-
kinase receptor VEGFR-2 [19]. We previously showed that
Nox-derived ROS are involved in sustaining the high glu-
cose uptake observed in B1647 cells [20]; subsequently,
we demonstrated that VEGF-induced ROS derived from
Nox2 and Nox4 play a prosurvival role in the leukemia cell
line [21].

In the present work, we investigated the potential involve-
ment of plasma membrane caveolae/lipid rafts in VEGF-
mediated redox signaling in the human leukemia cell line.

To this purpose, we evaluated the effect of methyl-𝛽-
cyclodextrin (CD), the most efficient compound used to
induce cholesterol depletion from plasma membrane thus
disrupting caveolae/lipid rafts [22] on VEGFR-2 distribution

in the plasma membrane and on VEGF/VEGFR-2 interac-
tion. Subsequently, the modulation of ROS generation and
glucose transporter 1 (Glut1) activity in B1647 cells was
investigated.

2. Materials and Methods

2.1. Chemicals. Iscove’s modified Dulbecco’s medium
(IMDM) was purchased from BioWhittaker (Walkersville,
MD, USA), and human serum (HS) was from
CambrexBioscience. VEGF was from BioVision (Mountain
View, CA, USA). Methyl-𝛽-cyclodextrin (CD), diphenyle-
neiodonium chloride (DPI), phloretin, 2-deoxy-D-glucose
(DOG), cholesterol, phenylmethylsulfonyl fluoride (PMSF),
N-tosyl-L-lysine chloromethyl ketone (TLCK), N-tosyl-L-
phenylalanine chloromethyl ketone (TPCK), sodium ortho-
vanadate, protease inhibitor cocktail, Trypan blue solution
(0,4%), 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyl tetrazo-
lium bromide (MTT), Igepal, Triton X-100, sucrose, Sem-
axinib (SU5416), mouse monoclonal antiserum against tub-
ulin (no. T7816), and rabbit antibody against flotillin-2 (no.
F1805) were from Sigma-Aldrich (St. Louis, MO, USA).
2-Deoxy-D-[2,6-3H]-glucose and [1,2-3H(N)]-cholesterol
were from PerkinElmer (Massachusetts, USA); nitrocellulose
paper and ECL Plus Western Blotting Detection Reagents
were from GE Healthcare (UK). Bevacizumab was provided
by Roche. Triton X-100 and sucrose were from Merck
(Whitehouse Station, NJ, USA). DC Protein Assay Kit was
from Bio-Rad (USA). Anti-caveolin-1 (no. 610059) and anti-
transferrin receptor (CD71) (no. 612124) were provided by
BD Biosciences (San Jose, CA, USA); anti-Lyn antibody (no.
ab1890) was from Abcam (Cambridge, UK). Anti-Glut1 (no.
CBL242), anti-VEGF receptor-2 (no. 05-554), and anti-P-
tyrosine (no. 06-427) were from Millipore (Temecula, CA,
USA). Anti-Glut1 (N-20) (no. sc-1603) and fluorescent FITC-
conjugated anti-goat IgG (no. sc-2024) were from Santa
Cruz Biotechnology (Santa Cruz, CA, USA). Sulfosucci-
nimidyl 6-(biotinamido) hexanoate (NHS-LC-biotin) and
streptavidin-agarose beads were purchased from Pierce
(Rockford, IL, USA).

All the other chemicals and solvents were of the highest
analytical grade.

2.2. Cell Culture. B1647 is a humane acute myeloid leukemia
(AML) cell line cultured in IMDM supplemented with 5%
human serum (HS).

The experimental model employed 16–18 h serum-
depleted cells, as these conditions were more apt for focusing
experiments on self-produced VEGF and cholesterol roles,
ruling out other growth factor effects.

2.3. Cell Viability Evaluation. Viable cells were evaluated by
the Trypan blue exclusion test. Cell viability was also assayed
by the MTT assay [23], since the reduction of tetrazolium
salts is widely accepted as a reliable way to examine cell
viability/proliferation. Cells were incubated with 0.5mg/mL
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MTT for 4 h at 37∘C. At the end of the incubation, purple for-
mazan salt crystals were formed and dissolved by adding the
solubilization solution (10% SDS, 0.01M HCl) and then the
plates were incubated overnight in humidified atmosphere
(37∘C, 5% CO

2
). The absorption at 570 nm was measured on

a multiwell plate reader (Wallac Victor2, PerkinElmer).

2.4. Cholesterol Depletion. B1647 cells suspended in culture
medium were incubated overnight with [3H]-cholesterol
(0.5 𝜇Ci/mL) and then washed, suspended in PBS, and
exposed to different concentrations of CD (5mM) for differ-
ent time points (0–30min). To measure the relative choles-
terol content, cells were washed twice in PBS and pelleted at
4.000 g for 1min and sample radioactivity was quantified by
liquid-scintillation counting [24].

2.5. Isolation of Membrane Caveolae/Lipid Rafts. Caveo-
lae/lipid rafts and detergent-soluble proteins were separated
by flotation assays adapted from previously described meth-
ods [24, 25]. 200 × 106 B1647 cells (approximately 6mg
of protein) were washed twice with PBS, pelleted at 300 g
for 7min, and left on ice for 10min. The cell pellet was
incubated at 4∘C in 1.2mL of lysis buffer (1% Triton X-100,
150mMNaCl, 50mM TRIS, and 5mM EDTA supplemented
with 0.1mM PMSF, 0.1mM TLCK, 0.1mM TPCK, 1mM
orthovanadate, and protease inhibitor cocktail, pH 8.0). In
all subsequent steps, solutions and samples were kept at
4∘C. The lysates were then spun for 10min at 6.000 g in an
EppendorfMicrofuge and supernatantswere homogenized in
a Potter homogenizer with 20 strokes. For sucrose gradient
separations, 1.0mL of 80% sucrose prepared in PBS was
mixed with an equal volume of homogenized sample and
then overlaid with a 5–40% sucrose linear step gradient
(1.3mL each of 5%, 30%, and 40% sucrose in PBS). After
centrifugation in a SW50.1 Beckman rotor at 160.000 g for
18 h at 4∘C, nine 500 𝜇L fractions were collected from the top
of the gradient. Same volume aliquots of each fraction were
addedwith Laemmli buffer containing bothmercaptoethanol
and bromophenol blue and boiled for 3min. Samples were
then subjected to SDS-PAGE and immunoblotting.

To measure the relative cholesterol content along the
sucrose gradient fractionation, B1647 cells were preincubated
at 37∘C for 16 hours with [3H]-cholesterol (0.1 𝜇Ci/mL) in
cell culture medium. Cells exposed (or not) to 5mM CD
for 20min were lysed with TX-100 at 4∘C and subjected
to sucrose gradient centrifugation as previously described.
[3H]-cholesterol content of each of the nine fractions col-
lected was quantified by liquid scintillation counting.

2.6. Protein Assay. Protein concentration was usually deter-
mined by the Bradford method with BSA as standard [26].
The protein content of fractions obtained from sucrose
gradient was determined by a Bio-Rad DC protein assay kit,
using BSA in the presence of appropriate concentration of
Triton X-100 or SDS as a standard.

2.7. Measurement of Intracellular ROS Levels. ROS intracel-
lular level was evaluated using a fluorescent method, imply-
ing the probe, 2,7-dichlorofluorescin diacetate (DCFH-
DA). Briefly, cells were incubated with 5 𝜇M DCFH-DA for
30min at 37∘C and analyzed spectrofluorimetrically at 𝜆Ex/Em
485/535 nm in a multiwell plate reader (Wallac Victor2,
PerkinElmer). Fluorescence values represent the percentage
of inhibition of intracellular ROS with respect to controls.

2.8. Glucose Transport Assay. The measurement of glucose
transport rate was performed according to [20]. In brief, 4 ×
106 cells/mL were suspended in PBS, incubated with different
stimuli and/or inhibitors at 37∘C and then treated with a
mixture of 2-deoxy-D-[2,6-3H] glucose (0.4 𝜇Ci/assay) and
1mM unlabelled glucose analogue (DOG mixture) for 2min
at 37∘C under conditions where the uptake was linear at least
for 20min. After this time, the uptake was stopped by adding
phloretin (final concentration, 0.2mM), a potent inhibitor of
glucose transport activity. Sample radioactivity wasmeasured
by liquid scintillation counting.

Transported 2-deoxy-D-glucose was less than 20% of the
extracellular-sugar concentration; therefore, glucose trans-
port assay could be considered in zero-trans conditions [27].
B1647 cells deprived of medium components and suspended
in PBS during glucose transport measurements maintained
their viability up to 2 hours at 37∘C; thus, the number of viable
cells during time intervals of experiments was considered
constant (data not shown).

To test the effect of CD on the glucose transport activity,
cells were incubated at 37∘C with 5mM CD for 20min,
washed, resuspended in 0.5mL of PBS, and added with DOG
mixture for the measurement of glucose uptake as previously
described.

2.9. SDS-PAGE and Western Blot Analysis. Cells were lysed
with buffer (1% Igepal, 150mM NaCl, 50mM Tris-HCl,
5mM EDTA, 0,1mM PMSF, 0,1mM TLCK, 0,1mM TPCK,
1mM orthovanadate, and protease inhibitor cocktail, pH
8.0) in ice for 15min. Cell lysates or fractions obtained
after sucrose gradient centrifugation were separated on 10%
SDS-polyacrylamide gel using a Mini-Protean II apparatus
(BioRad Laboratories) and then transferred electrophoret-
ically to nitrocellulose membranes. Nonspecific binding to
membrane was blocked by incubating in Tris-buffered saline
(TBS)/Tween, pH 8.0, containing 5% nonfat dried milk for
1 hour at room temperature. Blots were probed overnight at
4∘C with primary antibodies, washed with TBS/Tween, and
then incubated for 1 hour at room temperature with sec-
ondary horseradish peroxidase conjugates antibodies. Mem-
branes were washed and the antigens were then visualized by
addition of ECL Plus Western Blotting Detection Reagents.

2.10. Immunoprecipitation. B1647 cells maintained in the
presence or absence of serum (+HS,−HS) for 16 hwere lysates
as described above forWestern Blot. Lysates containing equal
protein amounts were incubated overnight with anti-VEGFR-
2 or anti-caveolin-1 antibodies.Then, samples were incubated
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with protein A-Sepharose beads for 1.5 h at 4∘C and then pel-
leted. Pellets were washed four times with lysis buffer, treated
with reducing buffer containing 4% 2-mercaptoethanol, and
then boiled for 3min. Samples were then subjected to SDS-
PAGE and immunoblotting with primary antibodies (anti-
caveolin-1, anti-P-tyrosine, anti-VEGFR-2, and anti-Nox2)
washed with TBS/Tween and then incubated for 1 hour at
room temperature with the proper secondary horseradish
peroxidase conjugate antibodies. Membranes were washed
and the antigens were then visualized by addition of ECL Plus
Western Blotting Detection Reagents.

2.11. Immunofluorescence. B1647 cells (2 × 106) were incu-
bated for 20minwith orwithout 10mMCDand then pelleted
and fixed in 3% (w/v) paraformaldehyde for 15min. Cells
were washed twice with HBSS, blocked with PBS/BSA 1%
(w/v) for 1 hour, and then incubated for 1 hour with 20 𝜇g/mL
of anti-Glut1 raised against a peptide within an extracellular
domain of the human transporter protein. Cells were then
treated for 1 hour with fluorescent FITC-conjugated rabbit
anti-goat IgG, mounted on slides, and visualized using an
Olympus IX50 microscope.

2.12. Statistical Analysis. Results are expressed as means with
standard deviation. Differences between the means were
determined by two-tailed Student’s 𝑡-test or by Newman-
Keuls multiple comparison test following one-way ANOVA
and were considered significant at 𝑃 < 0.05.

3. Results

3.1. Plasma Membrane Cholesterol Depletion by Means of
Methyl-𝛽-cyclodextrin (CD): Setting of Conditions. Cyclodex-
trins are cyclic oligomers of glucose that have the capacity to
sequester lipophilicmolecules in their hydrophobic core [28].
It has been shown that 𝛽-cyclodextrins remove cholesterol
from cultured cells [29–31], and, among the different dextrin
derivatives, methyl-𝛽-cyclodextrin (CD) was shown to be
the most efficient as acceptor of cellular cholesterol and the
most commonly used [22, 31]. Therefore, we chose methyl-
𝛽-cyclodextrin to induce cholesterol depletion from plasma
membrane of B1647 cell line and performed experiments
to set the desired conditions, as the degree of cholesterol
depletion is a function of the 𝛽-cyclodextrin derivative
concentration, incubation time, temperature, and cell type
subjected to the treatment [32].

First of all, B1647 cells suspended in culturemediumwere
incubated overnight with [3H]-cholesterol (0.5mCi/mL) and
then washed and exposed to different concentrations of
CD (2.5–25mM) for 20–40min in order to find the best
working conditions (not shown). Figure 1(a) represents the
time course of CD effect on cholesterol level, evidencing
that 5mM CD for 20min was able to remove about 60%
cholesterol, keeping cell viability only about 10% decreased,
as resulted by Trypan Blue exclusion test (Figure 1(b)). MTT
assay was performed under the same conditions, confirming
these results (not shown). These conditions, establishing

a lipid environment alteration associated with membrane
integrity, were selected for the following experiments.

3.2. Isolation and Identification of Membrane Caveolae/Lipid
Rafts by Detergent Extraction and Sucrose Gradient Cen-
trifugation in B1647 Cell Line. The isolation of membrane
caveolae/lipid rafts relies on the relative insolubility in Triton
X-100 (TX-100) detergent of membrane regions enriched in
cholesterol and glycosphingolipids.

Thus, B1647 cells were lysed using TX-100 and cen-
trifuged and the supernatant was collected and subsequently
subjected to sucrose density-gradient (5–40%) centrifugation
as described in Section 2. Nine fractions were collected and
analyzed by SDS-PAGE followed by Western blotting using
antiflotillin-2 (48 kDa), anti-caveolin-1 (24 kDa), and anti-
Lyn (58 kDa) antibodies as protein markers for detergent
resistant membrane fractions. Indeed, flotillin-2 and Lyn
are known to be associated with caveolae/lipid rafts in
different cell lines [33], as well as Cav-1, the major structural
component of caveolae. The transferrin receptor (CD71), an
integral membrane protein, was selected as a marker for
nonraft membrane fractions.

As reported in Figure 2(a), flotillin-2, Lyn, and Cav-1 are
localized in the low-density region of the gradient (fractions
2–6), between approximately the 10% and 25% sucrose layers,
where caveolae/lipid rafts are supposed to be; instead, CD71
is located in the fractions 6–9.

The protein content of the different gradient fractions
is reported in Figure 2(b), showing that the bulk of B1647
proteins was found in the high-density region at the bottom
of the sucrose gradient.

Moreover, since it has been shown that CD is capable of
removing cholesterol from both raft and nonraft fractions
[34], the effect of CD treatment on cholesterol distribution
in sucrose gradient fractionationwas investigated. B1647 cells
were labeled with [3H]-cholesterol as described in Section 2.
Cells were then exposed (or not) to 5mM CD for 20min,
lysed with Triton X-100, and subjected to sucrose gradient
centrifugation. As reported in Figure 2(c), fractions 2–6,
where caveolae/lipid rafts are localized, exhibited the highest
cholesterol content. Moreover, the cholesterol distribution
profile of the samples treated with CD shows that, in our
experimental conditions, fractions 2 and 3 exhibited a higher
cholesterol depletion, evidencing a more efficient cholesterol
removal from detergent resistant membranes, that is, caveo-
lae/lipid rafts, compared to the other fractions.

3.3. Effect of Cholesterol Depletion from Plasma Membrane on
VEGFR-2 Localization, ROS Generation, and Glucose Trans-
port Activity in B1647 Cells. Since we previously demon-
strated that a VEGF-mediated redox signaling pathway,
creating a loop, is responsible for maintaining high intra-
cellular ROS level, glucose uptake, and consequently B1647
cell proliferation [20, 21], we performed an experiment in
order to understand the importance of caveolae/lipid rafts in
the VEGFR-2 activation, stimulated by the autocrine VEGF
production, characteristic of B1647 cells [19]. To investigate
the functional role of caveolae/lipid rafts in the regulation of
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Figure 1: Effect of incubation time of CD on cholesterol content and cell viability in B1647 cells. (a) Cells were incubated with [3H]-cholesterol
(0.5 𝜇Ci/mL) in cell culture medium for 16 h at 37∘C, washed, resuspended in PBS, and treated with 5mM CD for different time periods
(0–30min). Cell suspensions were washed with PBS and then [3H]-cholesterol content was estimated by liquid scintillation counting. (b)The
viability of the cells treated at different CD concentrations (5–10mM) for 20min was evaluated by Trypan Blue exclusion test as described
in Section 2. Results are expressed as means ± SD of three independent experiments, each performed in triplicate. ∗∗𝑃 < 0.005: significantly
different from control cells; ∗∗∗𝑃 < 0.0005: significantly different from control cells.

these activities, CD, a well-established cholesterol depleting
reagent was used to cause their disruption.

B1647 cells, in the presence or absence of human serum
(HS) and/or CD, were lysed by TX-100, centrifuged, and
the supernatants were collected then separated by sucrose
density-gradient (5–40%) centrifugation as described in
Section 2. Nine fractions were collected and SDS-PAGE
followed by Western blotting was performed to observe the
localization of VEGFR-2.

As reported in Figure 3(a), cell treatment with CD
resulted in the redistribution ofVEGFR-2 from caveolae/lipid
rafts to noncaveolar fractions both in the presence and in
the absence of HS. Moreover, the distribution of VEGFR-2
is slightly different between cells in the presence of HS or
starved, suggesting that the VEGF autoproduced by cells in
the presence of human serum (normal condition) is able to
link to its receptor causing a shift of the VEGF-VEGFR-2
complex towards noncaveolar membrane regions.

Parallel experiments were performed in order to examine
the effect of CD in the presence or absence of HS on intracel-
lular ROS level by means of a fluorimetric analysis implying
DCFH-DA (Figure 3(b)) and on glucose uptake by using 3H-
DOG, a labeled glucose analogue (Figure 3(c)): both param-
eters increased after cholesterol depletion from plasmamem-
brane by CD treatment, according toWestern blotting results
reported in Figure 3(a). These results suggest that VEGF-
VEGFR-2 interaction, facilitated by the partial caveolae/lipid
raftdisruption, triggers a signal transduction pathway leading
to an increase in ROS generation and glucose uptake.

Moreover, analyses of the images obtained by immunoflu-
orescence microscopy of cells labelled with an anti-Glut1
antibody against an extracellular domain of Glut1 revealed
that incubation with CD greatly enhances the staining for
the transporter at the cell surface (Figure 3(d)). These results

indicate that CD treatment increases glucose uptake through
Glut1 recruitment into the plasma membrane from intracel-
lular pool.

As previously shown [21], the absence of human serum
caused a slight decrease both in DCF fluorescence and DOG
uptake, indicating that VEGF self-production decreases in
respect to normal conditions (i.e., in the presence of human
serum) and/or that different agents modulate ROS produc-
tion and glucose transport.

Thus, in order to better evaluate the role of VEGF, ruling
out other effect due to other serumcomponents, the following
experiments were performed also on serum-depleted cells in
the presence or absence of exogenous VEGF.

3.4. Association of VEGFR-2 with Caveolin-1. To better
understand the relationship between caveolae/lipid rafts
and VEGF receptor activation, the interaction/colocalization
between VEGFR-2 and Cav-1 was investigated.

Therefore, B1647 cells were serum starved for 18 h and
the colocalization of VEGFR-2 and Cav-1 was evaluated by
immunoprecipitation experiments. As reported in Figure 4,
in serum starved condition Cav-1 and VEGFR-2 colocalize
andVEGFR-2 phosphorylation significantly decreases.These
results indicate that the presence ofVEGF couldmodulate the
activation as well as the localization of VEGFR-2.

3.5. Importance of VEGF/VEGFR-2 Interaction for ROS Gen-
eration and Glucose Uptake. In order to corroborate the
obtained results, we evaluated the effect of different com-
pounds able to inhibit VEGF interaction with its receptor by
different mechanisms.

In particular, B1647 cells in the presence or absence
of serum (HS) were incubated for 2 hours with 3.4 nM
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Figure 2: Isolation and identification of membrane caveolae/lipid rafts by detergent extraction and sucrose gradient centrifugation in B1647
cell line. (a) Cells were lysed with 1% Triton X-100 at 4∘C and separated by sucrose density-gradient ultracentrifugation as described in
Section 2. Equal aliquots of each fraction were subjected to SDS-PAGE and Western blotting. Flotillin-2, caveolin-1, and Lyn were used
as markers for caveolae/lipid raft fractions and CD71 for nonlipid raft fractions. (b) Typical profile of protein concentrations in gradient
fractions after ultracentrifugation. Protein content was determined as described in Section 2. (c) Cells were preincubated at 37∘C for 16 hours
with [3H]-cholesterol (0.1 𝜇Ci/mL) in cell culture medium then exposed (or not) to 10mM CD for 20min, lysed with 1% Triton X-100 at
4∘C, and subjected to sucrose density gradient ultracentrifugation as previously described. [3H]-cholesterol content of each fraction collected
was quantified by liquid scintillation counting. Results are expressed as means ± SD of three independent experiments, each performed in
triplicate. ∘𝑃 < 0.01: significantly different from each other; ∗𝑃 < 0.01: significantly different from untreated cells; ∗∗𝑃 < 0.005: significantly
different from untreated cells; ∗∗∗𝑃 < 0.001: significantly different from untreated cells.

Bevacizumab, a monoclonal anti-VEGF antibody [35], for 30
minutes or with 5𝜇M Cav-1 scaffolding domain (CSD) that
represents the essential portion (residues 82 to 101) for Cav-1
interaction with other proteins [36].

Results showed that both Bevacizumab and CSD caused a
decrease of intracellular ROS level in the presence or absence
of HS (Figure 5).

50 ng/mL VEGF treatment, in the presence of inhibitors,
was unable to induce ROS generation; on the contrary,
it increased the intracellular ROS level in serum-depleted
cells reaching the ROS content of control cells, confirming
previously reported data [21].

Subsequently, cells were subjected to the same treatments
and analyzed for glucose transport, (Figure 6), obtaining
results very similar to that reported in Figure 5.

Semaxinib (SU5416), one of the most frequently used
inhibitor of VEGFR-tyrosine activity, was also utilized
(20𝜇M for 2 hours), obtaining a trend of response compa-
rable to Bevacizumab and CSD effects. Semaxinib was not
suitable for the detection of its effect on ROS intracellular
level due to its autofluorescence [37].

Survival experiments performed by MTT assay demon-
strated that cell viability did not change in these experimental
conditions (data not shown).
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Figure 3: Effect of cholesterol depletion from plasmamembrane on VEGFR-2 localization, ROS generation, and glucose transport activity in
B1647 cells. (a) Cells in the presence or absence of human serum (HS) and/or pretreated with 5mMCD for 20min were lysed with 1% Triton
X-100 at 4∘C and separated by sucrose density-gradient ultracentrifugation as described in Section 2. Equal aliquots of each fraction were
subjected to SDS-PAGE,Western blotting, and revealed for anti-VEGFR-2 (210 kDa). A representative blot is shown. (b) Cells in the presence
or absence of human serum (HS) and/or pretreated with 5mM CD for 20min were incubated with 5𝜇M DCFH-DA and ROS intracellular
level was measured spectrofluorimetrically as described in Section 2. (c) Cells in the presence or absence of human serum (HS) and/or
pretreated with 5mM CD for 20min were incubated with DOG mixture and glucose uptake was assayed by liquid scintillation counting as
described in Section 2. (d) Cells in the presence or absence of human serum (HS) and incubated (or not) in PBS at 37∘C with 5mM CD for
20min were fixed in 3% (w/v) paraformaldehyde for 15min. Cells were then immunolabelled with anti-Glut1 (N-20) antibody (raised against
an extracellular domain of Glut1, therefore, evidencing that Glut1 is present on the cell surface), treated with fluorescent FITC-conjugated
secondary antibody, and visualized using immunofluorescence microscopy.

3.6. Caveolin-1 Interaction with Nox2 and VEGFR-2 in the
Presence or Absence of VEGF in B1647 Cells. It has already
been reported that Nox2 is present in caveolae/lipid rafts in
association with Cav-1 in vascular smooth muscle cells [38]
and that Nox4 is mainly located in nonraft region of the
plasma membrane [39].

Figure 7(a) shows that in absence of VEGF (−HS)
Nox2 colocalizes with Cav-1 in B1647 cells. CD and VEGF
treatment significantly decreases Cav-1/Nox2 association,
demonstrating that in absence of VEGF, Nox2 colocalizes
with Cav-1, presumably into caveolae/lipid raft compart-
ments.
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Figure 5: Effect of different inhibitors of VEGF/VEGFR-2 interac-
tion on intracellular ROS level in B1647 cells. Cells, control, and
serum starved (−HS, “Control dep”) were treated with 500𝜇g/mL
Bevacizumab for 30min or 5 𝜇M Cav-1 scaffolding domain (CSD)
for 2 h, in the presence or absence of 50 ng/mL VEGF; then,
the intracellular ROS level was spectrofluorimetrically measured
by means of DCFH-DA, as described in Section 2. ∗𝑃 < 0.05:
significantly different from control cells; §

𝑃 < 0.05: significantly
different from serum deprived control cells (−HS).

After CD and VEGF treatment, VEGFR-2 association
with Cav-1 significantly decreases and this effect is par-
tially counteracted by HS starvation (absence of VEGF)
(Figure 7(c)). Additionally, we did not observe a colocal-
ization between p-VEGFR-2 and Cav-1 suggesting that the
activation of VEGFR-2 occurs in noncaveolar compartments
(data not shown).
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Figure 6: Effect of different inhibitors of VEGF/VEGFR-2 interaction
on glucose transport in B1647 cells. Cells, control, and serum starved
(−HS, “Control dep”) were treated with 20𝜇M Semaxinib for 2 h,
500 𝜇g/mL Bevacizumab for 30min, or 5 𝜇M Cav-1 scaffolding
domain (CSD) for 2 h, in the presence or absence of 50 ng/mLVEGF;
then, glucose uptake was assayed by liquid scintillation counting
as described in Section 2. ∗𝑃 < 0.05: significantly different from
control cells; §

𝑃 < 0.05: significantly different from serum deprived
control cells (−HS).

4. Discussion

Caveolae/lipid rafts function as signaling organizing cen-
ters and platforms by exploiting multiple protein-lipid and
protein-protein interactions to link the cytoplasmic tail of
trans-membrane receptors with other protein scaffolds to
assemble kinases, phosphatases, and other catalytically active
molecules, consequently modulating specific signals that are
temporally and spatially controlled [40, 41]. This concept
is peculiar for redox signaling: in order to act as signal
molecules, ROS must be generated in discrete compartments
and following certain stimuli thus produced in a controlled
manner from the standpoint of the space/time [42–44].

Regarding this context, we have been intrigued by recent
reports showing the involvement of caveolae in the regulation
of redox signal transduction mediated by VEGF in endothe-
lial cells [10, 45–48]. VEGFR-2 signal transduction seems
to follow the scheme for the activation of receptor tyrosine
kinases, following receptor dimerization induced by VEGF
binding. Dissociation of VEGFR-2 from caveolae has been
shown to be essential for its autophosphorylation and activa-
tion of downstream signaling events [7, 47]. Moreover, VEGF
and its receptors have been shown to be critical players in the
embryonic development of endothelial and blood cells [49]
and the evidence that angiogenesis plays a pathophysiological
role in leukemia has been well documented [50].

Since endothelial cells share signal transduction pathways
with hematopoietic cells [51], we investigated the potential
role played by caveolae/lipid rafts in the modulation of redox
signaling induced by VEGF, in a model of human acute
leukemia: B1647 cell line.

We previously demonstrated that B1647 cells possess high
level of Nox-derived ROS that sustain cellular growth and
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Figure 7: Caveolin-1 interaction with Nox2 and VEGFR-2 in the presence or absence of VEGF in B1647 cells. Cells deprived or not of
serum (±HS) were subjected to immunoprecipitation with anti-caveolin-1 as described in Section 2. (a) Samples were electrophoresed,
immunoblotted, and revealed for anti-Nox2 and anti-caveolin-1; a representative blot is shown. (b) Densitometric analysis normalized
for caveolin-1 content and expressed as fold change in Nox2 expression with respect to control (+HS). (c) Samples were electrophoresed,
immunoblotted, and revealed for anti-VEGFR-2 and anti-caveolin-1; a representative blot is shown. (d) Densitometric analysis normalized
for caveolin-1 content and expressed as fold change in VEGFR-2 expression with respect to control (+HS). Results were obtained considering
three independent Western blot experiments. ∗𝑃 < 0.05: significantly different from control cells (+HS); ∘𝑃 < 0.05: significantly different
from control serum starved cells (−HS).

glucose uptake, creating a loop signal transduction suggested
to be maintained by autocrine VEGF production [20, 21].

Frequently, leukemia cells contain relatively elevated
intracellular ROS level and it has been previously established
that Nox-generated ROS can trigger genomic instability and
different downstream prosurvival pathways [52], even if the
mechanisms involved are not completely understood. Their
elucidation could have important therapeutic implications.

Several studies have shown that AML cells release angio-
genic growth factors such as VEGF within the bone marrow
and that subsets of acute leukemias also express VEGF

receptors; thus, autocrine stimulation of leukemia cells by
VEGF may result in proliferation, migration, and resistance
to chemotherapy [53]; VEGF exerts indeed its trophic effect
on malignant myeloid progenitors via either paracrine or
autocrine interaction [54].

In the present work we report that VEGFR-2 is partially
localized in caveolae/lipid rafts, and after the binding with
VEGF a shift to nonraft portions of membrane occurs, caus-
ing the trigger of phosphorylation cascade by the activation of
tyrosine kinase VEGFR-2 and leading to increase of glucose
transport marker of cell proliferation.
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The first step was the setting of the optimal conditions
for obtaining a caveolae/lipid raft disruption by considerable
cholesterol depletion from membrane without affecting cell
viability during the time of the experiment. As tools to
achieve this goal we used CD, reported to have the highest
affinity for cholesterol inclusion and to be the most efficient
in extracting cholesterol frommembranes [22]; nevertheless,
the CD efficiency may vary significantly depending on its
concentration, duration of the exposure, and cell model. In
our conditions, cell treatment with 5mM CD for 20min was
able to remove 60% of cholesterol from plasma membrane
without seriously affecting cell viability.

Because of the lack of a standardized method to detect
and isolate caveolae/lipid rafts [43], here the experimental
evidence of their existence is given by their resistance to
solubilization by the nonionic detergent TX-100 1% at 4∘C
followed by density-gradient centrifugation [55]. In order to
exclude the hypothesis of artifacts, we used an alternative
method to isolate raft-like membranes with a detergent-free
medium containing a high sodium carbonate concentration,
obtaining similar results (data not shown).

Even if several studies revealed that 𝛽-cyclodextrins
are capable of removing cholesterol from both raft and
nonraft fractions [22], the efficiency of cholesterol removal
preferentially from lipid rafts is obtained by using short time
exposures or very low CD concentration [34]. Figure 2(c)
demonstrated that although the cholesterol content of all
membrane fractions was significantly reduced, in our exper-
imental conditions CD was able to remove cholesterol more
efficiently from detergent resistant membrane, representing
the fractions containing caveolae/lipid rafts.

Our results show that in sucrose gradient fractionations
of lysed B1647 cells (+HS), VEGFR-2 is present both in raft
and nonraft regions.When cells are deprived of serum (−HS),
VEGFR-2 content increases in the caveolae/raft fraction and
when CD was added to the cells VEGFR-2 is mainly present
in nonraft fraction. These results compared to data on the
ROS intracellular level and glucose uptake (Figures 3(b) and
3(c)) of cells subjected to the same treatments (i.e., in the
presence or absence of serum and in the presence or absence
of CD) suggests that when VEGF, normally autoproduced
by B1647 cells, binds to its receptor it causes its activation,
displacing it from raft to nonraft regions. The disruption of
rafts allows more interaction between VEGF and its VEGFR-
2 receptor, increasing its phosphorylation and modulating
the derived signal transduction pathways leading to glucose
uptake. Images reported in Figure 3(d) confirm the increase
in Glut1 isoform on the plasma membrane of cells in the
presence of CD.

Moreover, we demonstrated that VEGFR-2 in the absence
of serum is more linked to Cav-1, a major caveolae compo-
nent [7]; instead, in normal condition (+HS) where VEGF
autocrine production is bona fide high, VEGFR-2 binding
to Cav-1 significantly decreases promoting its activation,
as demonstrated by the higher level of phosphorylation
observed. These data are in accordance with those obtained
in endothelial cells, where Cav-1 acts as negative regulator of
VEGFR-2 activity [7].

To deeply analyze the importance of VEGF/VEGFR-2
interaction to induce ROS production and related glucose
uptake [21] and the downregulation exerted by VEGFR-2
localization in caveolae/lipid rafts, we tested, in control and
serum starved cells, different compounds able to inhibit
the binding of VEGF to its receptors. In particular, Beva-
cizumab was selected as a monoclonal anti-VEGF antibody
highly active against several cancers [56]. Today, it is the
most commonly used anti-VEGF drug against tumor-derived
VEGF [35, 57], validating Folkman’s early prediction on the
importance of inhibit tumor angiogenesis [58]. Nevertheless,
thewide adverse effects induced by anti-VEGF agents demon-
strate that these drugs have a broad impact on vasculatures in
multiple healthy tissues and organs.

As previously cited, caveolae are coated with a 24 kDa
protein, Cav-1. This protein regulates multiple cancer-
associated processes including cellular transformation,
tumor growth, cell migration and metastasis, cell death and
survival, multidrug resistance, and angiogenesis. However,
Cav-1 has been reported to influence both positively and
negatively various aspects of tumor progression and to act as
tumor suppressor or poor prognostic factor in many human
cancers [8].

To clarify the role of Cav-1 in our model, we incu-
bated the cells with the Cav-1 scaffolding domain (CSD),
representing the portion of the protein (residues 82 to 101)
essential for both Cav-1 oligomerization and the interaction
with other proteins [36]. Associations with other proteins
through the CSD provide coordinated and efficient signal
transduction [59]. CSD binds many signaling molecules,
including endothelial nitric-oxide synthase (eNOS), Src-like
kinases, Ha-Ras, and heterotrimericG-proteins [60]. Binding
of these proteins to CSD in many cases negatively regulates
their function [61]. Moreover, acute vascular inflammation
in mice was prevented by systemic administration of cell-
permeable CSD peptide [62].

Our results suggest that Cav-1 or VEGFR-2 localization
in caveolae may act as negative regulators of the receptor
activity. Similarly, the treatment of HUVECwith CSD caused
significant reduction in the VEGF-stimulated phosphory-
lation of VEGFR-2, suggesting that CSD inhibits Cav-1-
mediated angiogenic signaling [47].

Last but not least, Semaxinib, a reversible, ATP-compe-
titive, oxindole-based inhibitor of VEGFR-2 tyrosine kinase,
inhibits VEGF-dependent phosphorylation of the VEGFR-
2 overexpressed in NIH 3T3 cells with an IC

50
of 1.04 𝜇M.

In an ELISA-based assay, Semaxinib inhibits autophospho-
rylation of the VEGFR-2 at an IC

50
of 1.23 𝜇M [63]. The

results obtained with the three compounds able to inhibit
VEGF/VEGFR-2 interaction confirm the importance of this
molecular complex in maintaining the redox loop leading to
high intracellular ROS level and glucose uptake of B1647 cells.

We previously reported that, in B1647 cells expressing
Nox2 andNox4,VEGF signaling andNox activity are coupled
[20, 21]; moreover, it has been recently demonstrated that
inhibitors of both Nox andVEGF receptors are able to induce
apoptosis in leukemia cell lines and that lipid rafts play a
role in this process [40]. Thus, we performed experiments
to evaluate the involvement of caveolae/lipid rafts in the
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coordination of VEGFR-2 activation and ROS production
by Nox2. Nox4, indeed, is a constitutive active isoform [64]
reported to be mainly present in nonraft region of the plasma
membrane [39]. Figure 7 suggests that VEGF promotes the
dissociation of both Nox2 and VEGFR-2 from Cav-1 and the
consequently activation of Nox2–VEGFR-2 axis in nonraft
fractions. Our results are in accordance with those by Han
and colleagues [65], demonstrating that in human renal
proximal tubule cells themajority of p22phox and Rac1 is dis-
tributed in lipid rafts, whereas Nox4 is excluded from them.
Cholesterol depletion increased NAD(P)H oxidase activity
by redistributing NAD(P)H oxidase subunits in nonlipid raft
membrane, suggesting that in human nonphagocytic cells,
lipid rafts keepNAD(P)Hoxidase (Nox2) in the inactive state.

Our data support recent findings reporting that the
recruitment of specific receptors, transporters, and isoforms
of NAD(P)H oxidase within membrane microdomains gen-
erates redox signaling platforms, recently defined as “redox-
osomes,” which could be the missing link between receptor
activation and enzymatic generation of ROS [48, 66].

Moreover, results here reported suggest emerging targets
for new pharmaceutical application and clinical transla-
tion.

5. Conclusions

In this study we evaluated the potential involvement of
caveolae/lipid rafts in the modulation of VEGF-induced
redox signal transduction in leukemia cells.

Wedemonstrated, for the first time to our knowledge, that
the colocalization of VEGFR-2 and Nox2 in caveolae/lipid
rafts is involved in the negativemodulation of glucose uptake,
necessary to the deregulated proliferation of B1647 leukemia
cell line.

Studies of how the redox system is controlled and bal-
anced towards/against a proliferative advantage in leukemia
cells suggest new therapeutic targets and may hold the key to
unlocking therapeutic resistance in leukemia.
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Alzheimer’s disease is the most common and lethal neurodegenerative disorder. The major hallmarks of Alzheimer’s disease
are extracellular aggregation of amyloid 𝛽 peptides and, the presence of intracellular neurofibrillary tangles formed by
precipitation/aggregation of hyperphosphorylated tau protein. The etiology of Alzheimer’s disease is multifactorial and a full
understanding of its pathogenesis remains elusive. Some years ago, it has been suggested that glycation may contribute to both
extensive protein cross-linking and oxidative stress in Alzheimer’s disease. Glycation is an endogenous process that leads to the
production of a class of compounds known as advanced glycation end products (AGEs). Interestingly, increased levels of AGEs
have been observed in brains of Alzheimer’s disease patients. Methylglyoxal, a reactive intermediate of cellular metabolism, is the
most potent precursor of AGEs and is strictly correlated with an increase of oxidative stress in Alzheimer’s disease. Many studies
are showing that methylglyoxal and methylglyoxal-derived AGEs play a key role in the etiopathogenesis of Alzheimer’s disease.

1. Introduction

Alzheimer’s disease (AD) is themost common and lethal neu-
rodegenerative disorder characterized by progressive neu-
ronal loss and neuroinflammation in the brain and associated
with progressive cognitive decline, memory impairment, and
changes in behavior and personality, with rising incidence
among elderly people. One of the pathological hallmarks of
AD is neuritic plaques in the cerebral cortex and hippocam-
pus. Amyloid 𝛽 (A𝛽), a 40–42 amino-acid peptide generated
by proteolytic cleavages of the amyloid-𝛽 protein precursor
(APP) [1], is one of the main components of neuritic plaques.
A𝛽 is cytotoxic and capable of inducing oxidative stress and
neurodegeneration [2, 3]. Another distinctive feature of AD
is neurofibrillary tangles (NFTs), composed of bundles of
paired helical filaments (PHFs) [4], mainly containing hyper-
phosphorylated microtubule-associated tau protein (MAP-
tau) [5]. Under normal physiological conditions, tau pro-
motes assembly and stability of microtubules and is thus
involved in axonal transport [6, 7]. In AD, tau proteins
aggregate forming fibrillar insoluble intracellular inclusions.

Themain processes involved in the etiology and pathogenesis
of AD are reported in Figure 1.

The full understanding of the etiology and pathogenesis
ofADhas remained elusive, andmore andmore evidences are
confirming that AD is a disease with numerous genetic and
environmental contributing factors. Some years ago, it has
been proposed that a chemical process known as glycation
may contribute to both extensive protein cross-linking and
oxidative stress in AD [8]. Nonenzymatic protein glycation
is an endogenous process in which reducing sugars react
with amino groups in proteins through a series of Maillard
reactions forming reversible Schiff base and Amadori com-
pounds, producing a heterogeneous class of molecules, col-
lectively termed advanced glycation end products (AGEs) [9].
The 𝛼-ketoaldehyde methylglyoxal (MG), formed endoge-
nously as a by-product of the glycolytic pathway, by degra-
dation of triosephosphates or nonenzymatically by sugar
fragmentation reactions, is themost potent precursor of AGE
formation [10]. MG is able to induce cellular damage, cross-
linking of proteins, and glycation [11] playing an important
role in the pathogenesis of many neurodegenerative diseases
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Figure 1: Classical processes participating in the etiology and pathogenesis of AD (modified from [131]).

[12]. In AD, AGEs accumulate in neurons and astroglia and
are also found associated with neuritic amyloid plaques and
NFTs [13–16]. MGmay also contribute to neurodegeneration
triggering oxidative stress [17–19]. Oxidative stress is char-
acterized by an imbalance between reactive oxygen species
(ROS) production and the detoxifying endogenous system.
There is accumulating evidence suggesting a key role of
oxidative stress in the pathophysiology of AD [20–23]. A
central role for oxidative stress by the activation of NADPH
oxidase in astrocytes has been demonstrated as the cause
of A𝛽-induced neuronal death [24] and of alterations in
astrocyte mitochondrial bioenergetics that may in turn affect
neuronal functioning and/or survival [25].

As oxidative stress and MG are closely interlinked, the
role ofMG andMG-induced production of AGEs and ROS in
the development of AD is reviewed in this paper. In addition,
the ability of MG to modulate detrimental redox signaling in
AD has been considered.

2. Methylglyoxal Production

MG is a reactive intermediate of cellular metabolism, present
ubiquitously in all cells. It is produced under both normal
and pathological conditions via several different pathways,
involving both enzymatic and nonenzymatic reactions [26].
The rate of MG formation depends on the organism, tissue,
cell metabolism, and physiological conditions; therefore, MG
plasma concentration reflects these factors. Plasmatic MG
can be derived from exogenous sources, such as coffee,
alcoholic beverages, and food [27, 28] and from endogenous
sources: in situ formation in the plasma, release from cells,
and loss from injured cells [29].

Since MG is ubiquitously present in living cells, almost
all foods and beverages contain MG, as reviewed by Vistoli et
al. [30]. The main sources of MG are represented by mono-,

oligo-, and polysaccharides and lipids [31]. Several reactions
and processes are involved in the accumulation of MG:
autoxidation, photodegradation, and heating and prolonged
storage are the main sources of MG as a degradation product
in foodstuff [32–35]. Moreover, many microorganisms pro-
duce and release MG: fermentation can be a critical process
increasingMG levels in alcoholic drinks and fermented foods
[36]. MG is reported to originate also from environmental
sources. Cigarette smoke is one of the combustion processes
that can generate MG [37]; drinking water can contain MG
due to the purification treatments [38]; rainwater can absorb
MG from polluted air and transmits it to the soil [39].

Endogenously derived MG is formed during carbohy-
drate and lipid and amino acid metabolisms and involves
both enzymatic and nonenzymatic reactions [40–43]. The
enzymes that catalyze the reactions of MG synthesis are
MG synthase, cytochrome P450 2E1, myeloperoxidase, and
amino oxidase, participating in glycolytic bypass, ace-
tone metabolism, and amino acid breakdown, respectively;
nonenzymatic pathways include the spontaneous decompo-
sition of dihydroxyacetone phosphate, the Maillard reaction,
the oxidation of acetol, and lipid peroxidation [42].

The main pathway leading to MG is linked to carbohy-
drate metabolism and involves enzymatic and nonenzymatic
degradation of the triosephosphate intermediates glyceralde-
hyde 3-phosphate and dihydroxyacetone-phosphate deriv-
ing from glycolysis [40, 44, 45]. It should be noted that
triosephosphates originate not only from glycolytic processes
but also from other routes of glucose metabolism (Entner-
Doudoroff pathway, hexose monophosphate route) and from
xylitol metabolism or the activity of glycerophosphate dehy-
drogenase, linking glycerol breakdown to MG production
[40]. Dihydroxyacetone phosphate can be converted to MG
by either spontaneous nonenzymatic elimination of the
phosphate group or by the enzymatic contribution of MG
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synthase, an enzyme found in prokaryotic and mammalian
systems [36, 46].MG can also derive via theMaillard reaction
in vivo under physiological conditions, similar to what is
observed during food cooking and through the glycation of
macromolecules and the autoxidation of carbohydrates [43].

MG production deriving from lipidmetabolism ismainly
linked to the acetone metabolism [47]. Acetone is derived
from acetoacetate by myeloperoxidase activity and is con-
verted to MG by the cytochrome P450 2E1 via acetol as
intermediate [48]. In pathological conditions like ketosis
and diabetic ketoacidosis, the oxidation of ketone bodies is
likely to be an important source of MG [49]. In addition,
triacylglycerol hydrolysis produces glycerol that can be trans-
formed into MG through glycerolphosphate produced by
a specific glycerol kinase [50]. Lipoperoxidation is another
nonenzymatic process leading to MG formation [51, 52].

The catabolism of the aminoacids threonine and glycine
(and partially tyrosine) can also generate MG through the
aminoacetone intermediate [53–55].Thismetabolic oxidative
pathway is mediated by the enzyme semicarbazide sensitive
amine oxidase (SSAO) and appears to be exacerbated in low
coenzyme A states [56, 57].

3. Methylglyoxal Induced AGE Production

MG is able to induce protein glycation leading to the
formation of AGEs [11] and is believed to be the most
important source of AGEs. Glycation of proteins is a
complex series of parallel and sequential reactions known as
Maillard reaction [58]. Glycation starts with the reaction of
glucose with lysine and leads to the formation of fructosyl-
lysine (FL) and N-terminal amino acid residue-derived
fructosamines while later stage reactions produce stable
adducts [58]. It has been observed that FL degrades slowly
to form AGEs [59] while MG reacts relatively rapidly with
proteins to form AGEs [58], in particular MG is up to 20,000
times more reactive than glucose in glycation reactions
[11]. MG reacts almost exclusively with arginine residues
and to a lesser extent with lysine, cysteine, and tryptophan
residues. The reaction of MG with arginine leads to the
formation of cyclic imidazolone adducts (MG-H) [60] and
other related structural isomers. MG-H is formed as three
structural isomers: N𝛿-(5-hydro-5-methyl-4-imidazolon-
2-yl)-ornithine (MG-H1), 2-amino-5-(2-amino-5-hydro-
5-methyl-4-imidazolon-1-yl)pentanoic acid (MG-H2), and
2-amino-5-(2-amino-4-hydro-4-methyl-5-imidazolon-1-yl)
pentanoic acid (MG-H3) [61]. These adducts can undergo
other reactions; they can add a secondMGmolecule yielding
either N𝛿-(4-carboxy-4,6-dimethyl-5,6-dihydroxy-1,4,5,6-
tetrahydropyrimidine-2-yl)-L-ornithine (THP) [62] or arg-
pyrimidine (N𝛿-(5-hydroxy-4,6-dimethylpyrimidine-2-yl)-
l-ornithine) [63]. MG also reacts with lysine residues to form
the N

𝜀
-(1-carboxyethyl)-L-lysine (CEL) and N

𝜀
-(1-carbo-

xymethyl)-L-lysine (CML) adducts and the lysine dimer 1,3-
di(N
𝜀
-lysino)-4-methyl-imidazolium (MOLD) [64]. With

one lysine and one arginine residue, MG forms 2-ammo-
nio-6-(2-[(4-ammonio-5-oxido-5-oxopentyl) amino]-4-me-
thyl-4,5-dihydro-1H-imidazol-5-ylidene amino) hexanoate
(MODIC) [65]. MG can react also with cysteine residues

giving reversible hemithioacetal adducts [66] and could
spontaneously modify tryptophan residues yielding 𝛽
carboline derivatives [33].

In human serum albumin, the following concentra-
tions of MG-derived AGEs were detected: MG-H1 2493 ±
87mmol/mol protein; argpyrimidine 200 ± 40mmol/mol
protein; CEL 29.7 ± 1.8mmol/mol protein; and MOL 5 ±
1mmol/mol protein [67]. In cerebrospinal fluid of patients
with amyotrophic lateral sclerosis, elevated levels of CML
were reported [68], and the tissue levels of CML in cortical
neurons and cerebral vessels were related to the severity
of cognitive impairment in patients with cerebrovascular
disease [69]. It has been demonstrated that MG is involved
in the increased levels of AGEs observed in AD [70] and
MG-derived AGEs such as CEL andMOLD andMG-derived
hydroimidazolone have each been identified in intracellular
protein deposits in neurofibrillary tangles [71] and cere-
brospinal fluid [72].

4. Methylglyoxal Induced ROS Production

The production of ROS and reactive nitrogen species (RNS)
during MG metabolism have been extensively depicted in
some reviews [43, 73, 74] and a large body of literature
describes the correlation among MG, AGEs, oxidative stress,
and pathologies [40] such as diabetes [75], hypertension [76],
aging [74, 77, 78], and neurodegeneration [13, 79].

Although the link betweenMG and free radicals has been
investigated since the 1960smainly by Szent-Gyorgyi [80, 81],
only in 1993, the generation of ROS in a cellular system was
described [82].

Free radicals and/or ROS and RNS can be produced
during both the formation of MG and its degradation; the
reactions involved in these processes could be summarized as
follows.The enzymatic formation of MG from aminoacetone
(catalyzed by SSAO) or from acetol (catalyzed by galactose
oxidase) is coupled to hydrogen peroxide production [83, 84];
hydrogen peroxide is produced also whenMG is converted to
pyruvate by the action of the enzyme glyoxal oxidase [85, 86].
The autoxidation of aminoacetone toMG, mediated by metal
ions such as Fe2+ and Cu2+, is considered a source of carbon-
centered radicals and superoxide [87, 88]; similarly, the
nonenzymatic reaction from acetoacetate to MG produces
ROS, in the presence of myoglobin, hemoglobin, manganese,
cytochrome c, or peroxidase [89, 90].

MG, likewise for monosaccharide, undergoes autoxida-
tion [91–93] and photolysis [94], resulting in ROS generation;
these reactions involve superoxide, hydrogen peroxide, and
hydroxyl radical [95].

As reported in [43] and [77], ROS production related
to MG has been identified in a very wide range of cellular
systems, for example, vascular smoothmuscle cells (VSMCs),
endothelial cells, rat hepatocytes, platelet, neurons, and so
forth. We have recently demonstrated that MG induces ROS
production in primary culture of rat cardiomyocytes [96].

Moreover, MG is able to increase the activity of prooxi-
dant enzymes [97–99] and to reduce antioxidants, in particu-
lar glutathione (GSH) and its enzymes [17, 100, 101]. Since the
glyoxalase system that degradesMGuses reduced glutathione
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as a cofactor [102], decreased antioxidants in turn impair the
detoxification of MG, leading to further oxidative damage.

It has been reported, furthermore, that MG can mod-
ify Cu,Zn superoxide dismutase (SOD) by covalent cross-
linking, releasing copper ions from the enzyme and inac-
tivating it [103]. Other studies indicate that MG increases
mitochondrial superoxide production [104, 105].

The correlation between ROS levels and MG concentra-
tion has been reported both in animals and cultured cells
[43, 76, 77]. Commonly, in cell models, the administration of
MG to the medium is followed by ROS level determination,
that is often obtained by the 2,7-dichlorodihydrofluorescein
diacetate (DCFH-DA) assay or, seldom, by other tests such as
lucigenin-linked chemiluminescence assay [106].

As previously reported, MG is the most reactive endoge-
nous carbonyl able to generate AGEs. AGEs also induce
oxidative stress through several mechanisms. AGEs stimulate
production of cytokines and growth factors [62, 66, 107–
111]. Moreover, AGEs bind to the AGE receptor (RAGE) and
scavenger receptors to induce oxidative stress in various cells
includingVSMCs, endothelial cells, andmononuclear phago-
cytes [112]. In endothelial cells, AGEs increase expression
of vascular cell adhesion molecule-1 (VCAM-1), intercellu-
lar adhesion molecule-1 (ICAM-1), and increase activity of
nuclear factor kappa light chain enhancer of activated B cells
(NF-𝜅B) to increase oxidative stress [109, 113].

5. Methylglyoxal and Methylglyoxal-Derived
AGE Deposits in AD

As both the extracellular A𝛽 deposits and the intracellular
NFTs have elevated stability and are long-lived proteins,
they represent an ideal substrate for glycation [70]. It has
been suggested that the insolubility and protease resistance
of 𝛽-amyloid plaques are caused by extensive AGE-covalent
protein cross-linking [4, 16]. In 1994, Vitek et al. observed, for
the first time, that plaque fractions of AD brains contained
about 3-fold more AGE adducts than preparations from
healthy, age-matched controls. They showed that the in
vivo half-life of 𝛽-amyloid is prolonged in AD, resulting in
greater accumulation of AGE modifications which in turn
may act to promote accumulation of additional amyloid
[114]. An immunohistochemical study using a monoclonal
antibody specific for AGE proteins showed extracellular AGE
immunoreactivity in amyloid plaques in different cortical
areas, in particular, primitive plaques, coronas of classic
plaques and some glial cells in AD cortex were positive for
AGEs [115].More recently, Fawver et al. [14] stained AD brain
tissue for AGEs, and similar to the previous findings, AGEs
were colocalized with amyloid plaques. In addition, Ko et al.
[116] showed that APP was upregulated by AGEs in vitro and
in vivo, andAGEsmodulateAPP expression throughROS. To
explore whether glycated A𝛽 is more toxic than authentic A𝛽,
Li et al. [117] treated 8-DIV embryonic hippocampal neurons
with A𝛽 or A𝛽-AGE for 24 h. They found that A𝛽-AGE was
more toxic than A𝛽 in decreasing cell viability, increasing cell
apoptosis, inducing tau hyperphosphorylation, and reducing
synaptic proteins. It has also been observed that MG is not

only capable of increasing the rate of production of𝛽-amyloid
𝛽-sheets, oligomers and protofibrils but also of increasing the
size of the aggregates [13].

The 𝜀4 allele of the apolipoprotein E (ApoE) is known
as an important susceptibility gene for AD [118, 119]. It has
been demonstrated thatApoE is codeposited in senile plaques
in brains of patients with AD [120] and ApoE4 carriers
present a higher A𝛽 deposition in the form of senile plaques
than noncarriers [121, 122]. Interestingly, AGEs colocalized
to a very high degree with ApoE and ApoE4 exhibited a 3-
fold greater AGE-binding activity than the ApoE3 isoform
[123]. The authors suggested that ApoE may participate in
aggregate formation in the AD brain by binding to AGE-
modified plaque components, whichmay explain whyApoE4
is associated with increased risk of AD.

As discussed above, AGEs can be localized intracellularly.
Evidences have been provided that AGEs may accumulate in
pyramidal neurons exhibiting a granular perikaryonal distri-
bution in human brain whereas animals show a nuclear stain-
ing pattern [124]. It has been shown that AGEs accumulate
in endosomal and lysosomal vesicles of pyramidal neurons
in the hippocampus, the dentate gyrus, cortical layers III, V,
and VI, and in entorhinal cortical layers II, III, V, and VI
[125]. Interestingly, Wong et al. [126] observed colocalization
of AGEs and inducible nitric oxide synthase (iNOS) in a few
astrocytes in the upper neuronal layers in the early stage AD
brains, while, in late AD brains, there was a much denser
accumulation of astrocytes colocalized with AGEs and iNOS
in the deeper and particularly upper neuronal layers. An
immunohistochemical study showed that, in ADpatients, the
percentage of AGE-positive neurons (and astroglia) increases
with the progression of the disease and those neurons which
show diffuse cytosolic AGE immunoreactivity also contain
hyperphosphorylated tau, suggesting a link between AGE
accumulation and the formation of early neurofibrillary
tangles [16]. Using specific AGE antibodies directed against
CML, pyrraline, and hexitol-lysine it has been demonstrated
that AGEs are colocalized with NFTs [15, 127, 128].

In AD patients, AGEs accumulate also in the cere-
brospinal fluid (CSF), which is in close contact with the
brain. An increased accumulation of Amadori products in
all major proteins of CSF of AD patients including albumin,
apolipoprotein E, and transthyretin has been observed [129].
B̈ar et al. [130] measured significantly elevated levels of CML
in CSF of AD patients when compared to controls. In CSF
protein, Ahmed et al. [72] observed an increased levels of
CML residues in subjects with AD and in CSF ultrafiltrate;
the concentrations of MG-derived hydroimidazolone free
adducts were also increased.

6. Role of Methylglyoxal and Methylglyoxal-
Derived AGEs in the Progression of AD

The process underlying AD is complex and involves many
different features such as mitochondrial dysfunction, abnor-
mal protein aggregation, inflammation, and excitotoxicity.
Beeri et al. [132] conducted an interesting clinical study on
267 subjects, at least 75 years old, and cognitively intact at
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the beginning of the project. They demonstrated that the
subjects with higher serum levels of MG had a faster rate of
cognitive decline. Several potential mechanisms have been
suggested to explain MG and MG-derived AGE neurotoxi-
city. Krautwald and M̈unch [70] suggested that AGEs con-
tribute to the pathogenesis of AD in two different ways: cross-
linking cytoskeletal proteins inducing neuronal dysfunction
and death and accumulating on A𝛽 deposits chronically
activating micro- and astroglial cells, as widely underlined
in the previous paragraph. Moreover, it has been observed
that MG is a neurotoxic mediator of oxidative damage in
the progression of AD and other neurodegenerative diseases
[133]. The brain is highly susceptible to oxidative stress due
to its high energy demand, high oxygen consumption, large
amounts of peroxidizable polyunsaturated fatty acids, and
low levels of antioxidant enzymes [134]. It is no wonder that
ROS induced damage to biomolecules is widely reported in
AD and increasing evidences suggest that oxidative stress
plays a critical role in the disease [135]. As the impairment of
mitochondrial function is themain source of ROS generation
and also a major target of oxidative damage, mitochondrial
dysfunction has been implicated in AD [136, 137]. de Arriba
et al. [138] demonstrated that MG may seriously affect
mitochondrial respiration and the energetic status of cells.
In particular, they observed that MG increases intracellular
ROS and lactate production in SH-SY5Y neuroblastoma
cells and decreases mitochondrial membrane potential and
intracellular ATP levels. SH-SY5Y neuroblastoma cells have
been extensively used to study the effect of MG as they
show greater sensitivity to MG challenge, due to a defective
antioxidant and detoxifying ability [17]. Huang et al. [139]
observed thatMG inducedNeuro-2A neuroblastoma cell line
apoptosis via alternation of mitochondrial membrane poten-
tial and Bax/Bcl-2 ratio, activation of caspase-3, and cleavage
of poly(ADP-ribose) polymerase (PARP). Moreover, they
investigated the mechanisms behind MG-induced neuronal
cell apoptosis demonstrating that MG activates proapoptotic
mitogen-activated protein kinase (MAPK) signaling path-
ways (JNK and p38). This data is in agreement with the
results of Chen et al. [140] that, using primary cultures of rat
hippocampal neurons, demonstrated that MG increases the
expression level of cleaved caspase-3 and decreases Bcl-2/Bax
ratio. As activated caspase-3 immunoreactivity is elevated in
AD and exhibits a high degree of colocalization with NFTs
and senile plaque in AD brain, it has been suggested that
activated caspase-3may be a factor in functional decline [63].

AGEs exert direct toxicity to cells through predominantly
apoptotic mechanisms. Yin et al. [141] investigated the effects
of AGEs in SH-SY5Y cells and rat cortical neurons. They
observed that AGEs induce cell death increasing intracellu-
lar ROS through the increase of NADPH oxidase activity.
Moreover, endoplasmic reticulum stress was triggered by
AGE-induced oxidative stress, resulting in the activation of
C/EBP homologous protein (CHOP) and caspase-12 that
consequently initiates cell death. Tau phosphorylation is
strictly controlled by the coordinated activities of tau phos-
phatase(s) and tau kinase(s), and the hyperphosphorylation
of tau in the AD brain might be due to the overactive
protein kinases and/or inactivation of protein phosphatases

[142, 143]. Tau can be phosphorylated by different protein
kinases such as the members of the MAPK family (JNK,
p38 and Erk1/2), GSK-3𝛽, and cyclin-dependent kinase 5
(cdk5), while protein phosphatase (PP) 2A plays a major role
in regulating dephosphorylating of the hyperphosphorylated
tau isolated from the AD brains [143–147]. Using wild-type
mouse N2a cells, Li et al. [148] observed that MG induces
tau hyperphosphorylation and activates GSK-3𝛽 and p38,
while the simultaneous inhibition of GSK-3𝛽 or p38 could
attenuateMG-induced tau hyperphosphorylation, suggesting
an important roles of GSK-3𝛽 and p38 in the MG-induced
NTFs formation.On the other hand, an interesting proteomic
study demonstrated a decreased level of PP2 in SH-SY5Y
cells subjected to MG-induced oxidative stress. Thus, it
could be speculated that MG has a double role in inducing
tau hyperphosphorylation: enhancing kinase activities and
reducing phosphatase level. Besides hyperphosphorylation,
it has been suggested that carbonyl-derived posttranslational
modifications of neurofilaments may account for the bio-
chemical properties of NFTs, likely as a result of extensive
cross-links [149, 150]. Kuhla et al. [151], in an in vitro experi-
ment, incubated wild-type and seven pseudophosphorylated
mutant tau proteins with MG and observed the formation
of PHF-like structures. Interestingly, MG formed PHFs in a
concentration-dependent manner and this process could be
accelerated by hyperphosphorylation.

7. Redox Signaling Modulated by
Methylglyoxal in AD

As previously highlighted,MG cytotoxicity to tissue or cells is
mainly mediated through an increase of oxidative stress and
an induction of apoptosis. Oxidative stress is thought to play
a causative role in the development of AD [152, 153]. Such
stress is a typical activator of two important MAPK pathways
in AD: the JNK and the p38 signaling pathways [154]. It has
been suggested that the activation of the MAPK signaling
pathways contributes to AD pathogenesis through different
mechanisms including induction of apoptosis in neurons
[155–158], activation of 𝛽- and 𝛾-secretases, [159, 160] and
phosphorylation and stabilization of APP [161, 162]. Different
studies have associated MG with MAPK pathways. In RAW
264.7 cells, MG stimulated the simultaneous activation of
p44/42 and p38 MAPK and also stimulates the translocation
to the cell membranes of another important protein kinase
involved in cellular signaling: protein kinase C (PKC) [163].
Moreover, Pal et al. [164] indicated that MG stimulates iNOS
activation by p38 MAPK-NF-𝜅𝛽-dependent pathway and
ROS production by ERK and JNK activation in sarcoma-180
tumor bearing mice.

Regarding the implications of MAPK signaling pathway
in oxidative damage leading to apoptosis, it has been observed
that MG is able to induce apoptosis in PC12 cells through
the phosphatidylinositol-3 kinase/Akt/mammalian target of
rapamycin/gamma-glutamylcysteine ligase catalytic subunit
(PI3K/Akt/mTOR/GCLc)/redox signaling pathway. Huang et
al. [165] indicated that MG-induced Neuro-2A cell apoptosis
was mediated through activation of the MAPK signaling
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Figure 2: Role of MG and MG-derived AGEs in AD.

pathway mediated by p38 and JNK. Recently, Heimfarth et
al. [166] demonstrated that the exposure of slices of cerebral
cortex and hippocampus of new born rats to mM MG
induced ROS production and cytotoxicity. In particular, they
showed that the signaling pathwaymediated by ERK is totally
implicated in the ROS-mediated cytotoxic damage as the
initial blockage of MEK/ERK signaling pathway might be
useful for the protection of cells from the high ROS levels.
Additionally, they observed that p38MAPK and JNKpathway
activation is related with ROS-independent mechanisms
leading to reduced cell viability and apoptotic cell death.

Moreover, as it has been underlined in the previous
paragraph, the MG activation of GSK-3𝛽 and p38 MAPK
induces AD tau hyperphosphorylation [148].

8. Conclusions

Many scientific evidences revealed different important
actions of MG on signal transduction, redox balance,
and cell energetic status as well as homeostatic control of
cellular function. Elevated MG levels induce AGEs and ROS
production playing a role in AD by several mechanisms
(Figure 2). AGEs extensively cross-link proteins in A𝛽
deposits and neurofilaments exacerbating AD pathological
hallmarks. In particular, AGEs cross-link proteins in A𝛽
deposits making them more insoluble, protease resistant,
and more toxic. MG induces tau hyperphosphorylation by
enhancing kinase activities and reducing phosphatase level.
Moreover, MG is a neurotoxic mediators of oxidative stress
in the progression of AD and is capable of activating many

redox signaling pathways leading to apoptosis and cellular
dysfunction. Accumulation of AGEs further magnifies
ROS production by inducing the glycation of important
antioxidant enzymes and by providing precursor of oxidative
stress. In conclusion, it can be reasonably supposed that
cognitive decline associated with AD might be strongly
linked to an increase in MG levels due to an oxoaldehyde
detoxification impairment or an altered endogenous
oxoaldehyde production. From a clinical point of view, the
reduction of risk factors for pathologies such as diabetes,
characterized by MG accumulation due to hyperglycemic
conditions and impaired glucose metabolism [167], and the
enhancement of MG scavenging system may provide new
therapeutic opportunities to reduce the pathophysiological
modifications associated with carbonyl stress in AD.

Abbreviation List

AD: Alzheimer’s disease
AGEs: Advanced glycation end products
ApoE: Apolipoprotein E
APP: Amyloid-𝛽 protein precursor
Argpyrimidine: N𝛿-(5-Hydroxy-4,6-

dimethylpyrimidine-2-yl)-l-
ornithine

A𝛽: Amyloid 𝛽
cdk5: Cyclin-dependent kinase 5
CEL: N𝜀-(1-Carboxyethyl)-L-lysine
CHOP: C/EBP homologous protein
CML: N𝜀-(1-Carboxymethyl)-L-lysine
CSF: Cerebrospinal fluid
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DCFH-DA: 2,7-Dichlorodihydrofluorescein
diacetate

FL: Fructosyl-lysine
GSH: Glutathione
ICAM-1: Intercellular adhesion molecule-1
iNOS: Inducible nitric oxide synthase
MAP-tau: Microtubule-associated tau

protein
MAPK: Mitogen activated protein kinase
MG-H: Imidazolone adducts

(methylglyoxal-derived hydro-
imidazolone)

MG-H1: N𝛿-(5-Hydro-5-methyl-4-
imidazolon-2-yl)-ornithine

MG-H2: 2-Amino-5-(2-amino-5-hydro-5-
methyl-4-imidazolon-1-yl)
pentanoic acid

MG-H3: 2-Amino-5-(2-amino-4-hydro-4-
methyl-5-imidazolon-1-yl)
pentanoic acid

MG: Methylglyoxal
MODIC: 2-Ammonio-6-(2-[(4-ammonio-

5-oxido-5-oxopentyl)
amino]-4-methyl-4,
5-dihydro-1H-imidazol-5-ylidene
amino) hexanoate

MOLD: 1,3-Di(N𝜀-lysino)-4-methyl-
imidazolium

NADPH: Nicotinamide adenine
dinucleotide phosphate

NF-𝜅B: Nuclear factor kappa light chain
enhancer of activated B cells

NFTs: Neurofibrillary tangles
PARP: Poly (ADP-ribose) polymerase
PHFs: Paired helical filaments
PI3K/Akt/mTOR/GCLc: Phosphatidylinositol-3

kinase/Akt/mammalian target of
rapamycin/gamma-
glutamylcysteine ligase catalytic
subunit

PKC: Protein kinase C
PP: Protein phosphatase
RAGE: Receptor for AGEs
RNS: Reactive nitrogen species
ROS: Reactive oxygen species
SOD: Superoxide dismutase
SSAO: Semicarbazide sensitive amine

oxidase
THP: N𝛿-(4-Carboxy-4,6-dimethyl-

5,6-dihydroxy-1,4,5,6-
tetrahydropyrimidine-2-yl)-L-
ornithine

VCAM-1: Vascular cell adhesion molecule-1
VSMCs: Vascular smooth muscle cells.

Conflict of Interests

The authors declare that there is no conflict of interests
regarding the publication of this paper.

Acknowledgments

This work was supported by MIUR-FIRB (Project RBAP11-
HSZS) and “Fondazione del Monte di Bologna e Ravenna”
(Italy) (Cristina Angeloni and Silvana Hrelia).

References

[1] H. Zheng and E. H. Koo, “Biology and pathophysiology of the
amyloid precursor protein,” Molecular Neurodegeneration, vol.
6, no. 1, article 27, 2011.

[2] D. M. Walsh, I. Klyubin, J. V. Fadeeva, M. J. Rowan, and D. J.
Selkoe, “Amyloid-𝛽 oligomers: their production, toxicity and
therapeutic inhibition,” Biochemical Society Transactions, vol.
30, no. 4, pp. 552–557, 2002.

[3] D. T. Loo, A. Copani, C. J. Pike, E. R. Whittemore, A. J.
Walencewicz, and C. W. Cotman, “Apoptosis is induced by 𝛽-
amyloid in cultured central nervous system neurons,” Proceed-
ings of the National Academy of Sciences of the United States of
America, vol. 90, no. 17, pp. 7951–7955, 1993.

[4] A.-L. Bulteau, P. Verbeke, I. Petropoulos, A.-F. Chaffotte, and
B. Friguet, “Proteasome inhibition in glyoxal-treated fibroblasts
and resistance of glycated glucose-6-phosphate dehydrogenase
to 20 S proteasome degradation in vitro,” The Journal of
Biological Chemistry, vol. 276, no. 49, pp. 45662–45668, 2001.

[5] P. S. Sachdev, L. Zhuang, N. Braidy, andW.Wen, “Is Alzheimer’s
a disease of the white matter?” Current Opinion in Psychiatry,
vol. 26, no. 3, pp. 244–251, 2013.

[6] D. W. Cleveland, S. Y. Hwo, and M. W. Kirschner, “Purification
of tau, a microtubule associated protein that induces assembly
of microtubules from purified tubulin,” Journal of Molecular
Biology, vol. 116, no. 2, pp. 207–225, 1977.

[7] R. Brandt and G. Lee, “Functional organization of microtubule-
associated protein tau. Identification of regions which affect
microtubule growth, nucleation, and bundle formation in vitro,”
The Journal of Biological Chemistry, vol. 268, no. 5, pp. 3414–
3419, 1993.

[8] G. Münch, J. Thome, P. Foley, R. Schinzel, and P. Riederer,
“Advanced glycation endproducts in ageing and Alzheimer’s
disease,” Brain Research Reviews, vol. 23, no. 1-2, pp. 134–143,
1997.

[9] P. Ulrich and A. Cerami, “Protein glycation, diabetes, and
aging,” Recent Progress in Hormone Research, vol. 56, pp. 1–21,
2001.

[10] P. J. Thornalley, “Pharmacology of methylglyoxal: formation,
modification of proteins and nucleic acids, and enzymatic
detoxification—a role in pathogenesis and antiproliferative
chemotherapy,” General Pharmacology, vol. 27, no. 4, pp. 565–
573, 1996.

[11] P. J. Thornalley, “Dicarbonyl intermediates in the Maillard
reaction,”Annals of the New York Academy of Sciences, vol. 1043,
pp. 111–117, 2005.

[12] R. Ramasamy, S. J. Vannucci, S. S. D. Yan, K. Herold, S. F.
Yan, and A.M. Schmidt, “Advanced glycation end products and
RAGE: a common thread in aging, diabetes, neurodegenera-
tion, and inflammation,” Glycobiology, vol. 15, no. 7, pp. 16R–
28R, 2005.

[13] K. Chen, J. Maley, and P. H. Yu, “Potential implications of
endogenous aldehydes in 𝛽-amyloid misfolding, oligomeriza-
tion and fibrillogenesis,” Journal of Neurochemistry, vol. 99, no.
5, pp. 1413–1424, 2006.



8 BioMed Research International

[14] J. N. Fawver, H. E. Schall, R. D. P. Chapa, X. Zhu, and
I. V. Murray, “Amyloid-beta metabolite sensing: biochemical
linking of glycation modification and misfolding,” Journal of
Alzheimer’s Disease, vol. 30, no. 1, pp. 63–73, 2012.

[15] R. J. Castellani, P. L. R. Harris, L. M. Sayre et al., “Active
glycation in neurofibrillary pathology of Alzheimer disease:
N𝜀-(Carboxymethyl) lysine and hexitol-lysine,” Free Radical
Biology and Medicine, vol. 31, no. 2, pp. 175–180, 2001.
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[126] A. Wong, H.-J. Lüth, W. Deuther-Conrad et al., “Advanced
glycation endproducts co-localize with inducible nitric oxide
synthase in Alzheimer’s disease,” Brain Research, vol. 920, no.
1-2, pp. 32–40, 2001.

[127] V. Prakash Reddy, M. E. Obrenovich, C. S. Atwood, G. Perry,
and M. A. Smith, “Involvement of Maillard reactions in
Alzheimer disease,”Neurotoxicity Research, vol. 4, no. 3, pp. 191–
209, 2002.

[128] M. A. Smith, S. Taneda, P. L. Richey et al., “Advanced Maillard
reaction end products are associated with Alzheimer disease
pathology,” Proceedings of the National Academy of Sciences of
the United States of America, vol. 91, no. 12, pp. 5710–5714, 1994.

[129] V. V. Shuvaev, I. Laffont, J.-M. Serot, J. Fujii, N. Taniguchi, and
G. Siest, “Increased protein glycation in cerebrospinal fluid of
Alzheimer’s disease,” Neurobiology of Aging, vol. 22, no. 3, pp.
397–402, 2001.

[130] K. J. Bär, S. Franke, B. Wenda et al., “Pentosidine and N𝜀-
(carboxymethyl)-lysine in Alzheimer’s disease and vascular
dementia,” Neurobiology of Aging, vol. 24, no. 2, pp. 333–338,
2003.

[131] L. Mucke, “Neuroscience: Alzheimer’s disease,”Nature, vol. 461,
no. 7266, pp. 895–897, 2009.

[132] M. S. Beeri, E. Moshier, J. Schmeidler et al., “Serum concentra-
tion of an inflammatory glycotoxin,methylglyoxal, is associated
with increased cognitive decline in elderly individuals,”Mecha-
nisms of Ageing andDevelopment, vol. 132, no. 11-12, pp. 583–587,
2011.

[133] M. A. Lovell, C. Xie, and W. R. Markesbery, “Acrolein is
increased in Alzheimer’s disease brain and is toxic to primary
hippocampal cultures,” Neurobiology of Aging, vol. 22, no. 2, pp.
187–194, 2001.

[134] J. K. Andersen, “Oxidative stress in neurodegeneration: cause or
consequence?” Nature Medicine, vol. 5, pp. S18–S25, 2004.

[135] A. Nunomura, G. Perry, G. Aliev et al., “Oxidative damage is the
earliest event in Alzheimer disease,” Journal of Neuropathology
and Experimental Neurology, vol. 60, no. 8, pp. 759–767, 2001.

[136] R. H. Swerdlow, “Brain aging, Alzheimer’s disease, and mito-
chondria,” Biochimica et Biophysica Acta, vol. 1812, no. 12, pp.
1630–1639, 2011.

[137] P. F. Good, P. Werner, A. Hsu, C. W. Olanow, and D. P.
Perl, “Evidence for neuronal oxidative damage in Alzheimer’s
disease,” The American Journal of Pathology, vol. 149, no. 1, pp.
21–28, 1996.

[138] S. G. de Arriba, G. Stuchbury, J. Yarin, J. Burnell, C. Loske,
and G. Münch, “Methylglyoxal impairs glucose metabolism
and leads to energy depletion in neuronal cells-protection by
carbonyl scavengers,” Neurobiology of Aging, vol. 28, no. 7, pp.
1044–1050, 2007.

[139] S.-M. Huang, H.-C. Chuang, C.-H. Wu, and G.-C. Yen, “Cyto-
protective effects of phenolic acids on methylglyoxal-induced
apoptosis in Neuro-2A cells,” Molecular Nutrition and Food
Research, vol. 52, no. 8, pp. 940–949, 2008.

[140] Y.-J. Chen, X.-B. Huang, Z.-X. Li, L.-L. Yin, W.-Q. Chen,
and L. Li, “Tenuigenin protects cultured hippocampal neurons



12 BioMed Research International

against methylglyoxal-induced neurotoxicity,” European Jour-
nal of Pharmacology, vol. 645, no. 1–3, pp. 1–8, 2010.

[141] Q. Q. Yin, C. F. Dong, S. Q. Dong et al., “AGEs induce cell
death via oxidative and endoplasmic reticulum stresses in both
human SH-SY5Y neuroblastoma cells and rat cortical neurons,”
Cellular and Molecular Neurobiology, vol. 32, no. 8, pp. 1299–
1309, 2012.

[142] F. Liu, Z. Liang, and C. X. Gong, “Hyperphosphorylation of tau
and protein phosphatases in Alzheimer disease,” Panminerva
Medica, vol. 48, no. 2, pp. 97–108, 2006.

[143] K. Iqbal, F. Liu, C.-X. Gong, A. C. del Alonso, and I. Grundke-
Iqbal, “Mechanisms of tau-induced neurodegeneration,” Acta
Neuropathologica, vol. 118, no. 1, pp. 53–69, 2009.

[144] E. Planel, T. Miyasaka, T. Launey et al., “Alterations in glucose
metabolism induce hypothermia leading to tau hyperphospho-
rylation through differential inhibition of kinase and phos-
phatase activities: implications for Alzheimer’s disease,” Journal
of Neuroscience, vol. 24, no. 10, pp. 2401–2411, 2004.

[145] M. Hu, J. F. Waring, M. Gopalakrishnan, and J. Li, “Role of
GSK-3𝛽 activation and 𝛼7 nAChRs in A𝛽 1-42-induced tau
phosphorylation in PC12 cells,” Journal of Neurochemistry, vol.
106, no. 3, pp. 1371–1377, 2008.

[146] C. X. Gong, “Dephosphorylation of Alzheimer’s disease abnor-
mally phosphorylated tau by protein phosphatase-2A,” Neuro-
science, vol. 61, no. 4, pp. 765–772, 1994.

[147] J.-Z.Wang, C.-X.Gong, T. Zaidi, I. Grundke-Iqbal, andK. Iqbal,
“Dephosphorylation of Alzheimer paired helical filaments by
protein phosphatase-2A and -2B,” The Journal of Biological
Chemistry, vol. 270, no. 9, pp. 4854–4860, 1995.

[148] X. H. Li, J. Z. Xie, X. Jiang et al., “Methylglyoxal induces
tau hyperphosphorylation via promoting AGEs formation,”
NeuroMolecular Medicine, vol. 14, no. 4, pp. 338–348, 2012.

[149] M. A. Smith, M. Rudnicka-Nawrot, P. L. Richey et al.,
“Carbonyl-related posttranslational modification of neurofila-
ment protein in the neurofibrillary pathology of Alzheimer’s
disease,” Journal of Neurochemistry, vol. 64, no. 6, pp. 2660–
2666, 1995.

[150] P. Cras, M. A. Smith, P. L. Richey, S. L. Siedlak, P. Mulvihill, and
G. Perry, “Extracellular neurofibrillary tangles reflect neuronal
loss and provide further evidence of extensive protein cross
linking in Alzheimer disease,” Acta Neuropathologica, vol. 89,
no. 4, pp. 291–295, 1995.

[151] B. Kuhla, C. Haase, K. Flach, H. J. Luth, T. Arendt, and G.
Munch, “Effect of pseudophosphorylation and cross-linking
by lipid peroxidation and advanced glycation end product
precursors on tau aggregation and filament formation,” J Biol
Chem, vol. 282, no. 10, pp. 6984–6991, 2007.

[152] M. T. Lin and M. F. Beal, “Mitochondrial dysfunction and
oxidative stress in neurodegenerative diseases,”Nature, vol. 443,
no. 7113, pp. 787–795, 2006.
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Peroxisomes provide glial cells with protective functions against the harmful effects of H
2
O
2
on neurons and peroxisome

impairment results in nervous lesions. Agonists of the 𝛾-subtype of the Peroxisome-Proliferator-Activated-Receptors (PPAR)
have been proposed as neuroprotective agents in neurodegenerative disorders. Nevertheless, the role of PPAR-𝛾 alterations in
pathophysiological mechanisms and the relevance of peroxisome functions in the PPAR-𝛾 effects are not yet clear. In a primary cell
culture of rat astrocytes, the irreversible PPAR-𝛾 antagonist GW9662 concentration-dependently decreased the activity of catalase,
the most important antioxidant defense enzyme in peroxisomes. Catalase functionality recovered in a few days and the PPAR-
𝛾 agonist rosiglitazone promoted reversal of enzymatic damage. The reversible antagonist G3335 reduced both the activity and
expression of catalase in a rosiglitazone-prevented manner. G3335 reduced also the glutathione reductase expression, indicating
that enzyme involved in glutathione regeneration was compromised. Neither the PPAR-𝛼 target gene Acyl-Coenzyme-A-oxidase-1
nor the mitochondrial detoxifying enzyme NADH:ubiquinone-oxidoreductase (NDFUS3) was altered by PPAR-𝛾 inhibition. In
conclusion, PPAR-𝛾 inhibition induced impairment of catalase in astrocytes. A general decrease of the antioxidant defenses of the
cell suggests that a PPAR-𝛾 hypofunction could participate in neurodegenerative mechanisms through peroxisomal damage. This
series of experiments could be a useful model for studying compounds able to restore peroxisome functionality.

1. Introduction

Hydrogen peroxide (H
2
O
2
) is ascribed to Reactive Oxygen

Species (ROS), although it has no unpaired electrons. It
can be formed by the dismutation reaction of O

2

∙− via
the hydroperoxyl radical. Although H

2
O
2
is not harmful,

its conversion, through the Fenton reaction catalyzed by
metal ions, generates the hydroxyl radical (∙OH), probably
the most highly reactive and toxic form of oxygen [1–
3]. Catalase is a heme-containing peroxisomal enzyme that
breaks down hydrogen peroxide to water and oxygen and is
a main antioxidant defense [4, 5]. De Duve and Baudhuin
[6] first described a respiratory pathway in peroxisomes in
which electrons removed from various metabolites reduce
O
2
to H
2
O
2
, which is further reduced to H

2
O. The high

peroxisomal consumption of O
2
, the demonstration of the

production of H
2
O
2
, O
2

∙−, ∙OH, and recently of ∙NO [6–9],

and the discovery of several ROS metabolizing enzymes in
peroxisomes has supported the notion that these ubiquitous
organelles play a key role in both the production and
scavenging of ROS in the cell [1].

Together with oxygen metabolism, peroxisomes ful-
fill multiple tasks [10]. The functional relevance of these
organelles is dramatically highlighted in the nervous sys-
tem by peroxisomal disorders. Genetic diseases classified
as peroxisome biogenesis disorders and single peroxiso-
mal enzyme deficiencies imply severe demyelination, axonal
degeneration, and neuroinflammation that result in a variety
of neurological abnormalities [11–15]. On the other hand,
peroxisomes have recently been involved in cell aging [16] and
in the development and progression of specific degenerative
diseases [14, 17–22].

Since a common feature of several neurodegenerative
diseases is inflammation [23], several studies have pointed
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to the potential use of agonists of the Peroxisome Prolif-
erator Activated Receptor-𝛾 (PPAR-𝛾). Increasing evidence
demonstrates the neuroprotective effects of PPAR-𝛾 agonists
in a variety of preclinical models of neurological disorders
such as Alzheimer’s disease [24–26], Parkinson’s disease [27],
amyotrophic lateral sclerosis [28], Huntington’s disease [29],
and ischemic damage [30]. Nevertheless, evidence of PPAR-
𝛾 impairment in the physiopathology of neurodegenerative
diseases is lacking, as well as the effects induced by its
hypofunctionality in the nervous system. The theoretical
basis of a PPAR-𝛾 therapeutic approach in neurodegenerative
disorders is generally founded on the anti-inflammatory
effect. A clear relationship with peroxisome impairments is
not well established. Although PPARs can transactivate genes
pivotal for the functionality of these organelles [31, 32], the
role of peroxisomes in PPAR-𝛾 agonist efficacy, or in PPAR-𝛾
hypofunction, remains unclear.

By focusing on astrocytes, glial cells strongly implicated
in several degenerative diseases [33–35], we aimed to char-
acterize the relevance of peroxisome functionality in PPAR-
𝛾-dependent cell signaling. We have evaluated the damage
evoked by PPAR-𝛾 antagonists in a primary cell culture by
analyzing characteristic peroxisome enzymes.

2. Material and Methods

2.1. Astrocyte Cultures. Primary cultures of astrocytes were
obtained according to the method described by McCarthy
and De Vellis [36]. Briefly, the cerebral cortex of new-
born (P1–P3) Sprague-Dawley rats (Harlan, Udine, Italy)
was dissociated in Hanks’ balanced salt solution containing
0.5% trypsin/EDTA and 1% DNase (Sigma-Aldrich, Milan,
Italy) for 30min at 37∘C. The suspension was mechanically
homogenized and filtered. Cells were plated in high-glucose
DMEM with 10% FBS. Confluent primary glial cultures
were used to isolate astrocytes, removing microglia and
oligodendrocytes by shaking. The purity of astrocyte cul-
tures was determined immunocytochemically by staining for
GFAP (Dako, Glostrup, Denmark). Cells were fixed in 4%
paraformaldehyde, then incubatedwith the antibody (1 : 200),
and visualized using Alexa Fluor-conjugated secondary anti-
body (Life Technologies, Monza, Italy). Nuclei were stained
with 4,6-diamidino-2-phenylindole dihydrochloride. 90% of
cells in astrocyte cultures were GFAP-positive. Experiments
were performed 21 days after cell isolation. Formal approval
to conduct the experiments described was obtained from the
Animal Subjects Review Board of the University of Florence.
The ethics policy of the University of Florence complies with
the Guide for the Care and Use of Laboratory Animals of the
US National Institutes of Health (NIH Publication number
85-23, revised 1996;University of FlorenceAssurance number
A5278-01).

2.2. Catalase Activity. On day 21 of culture, astrocytes were
plated in 12-well cell culture (2 ⋅ 105/well; Corning, Tewksbury
MA, USA) and experiments were performed after 48 h. Cells
were treated with GW9662 (1–100mM), G3335 (1–100mM),
and rosiglitazone (100mM) for 2 or 5 days. All compounds

were purchased from Sigma-Aldrich (Milan, Italy). After
incubation, cells were washed once with PBS and scraped
with PBS on ice. Cells were then collected, subjected to a
freeze-thaw cycle, and centrifuged at 11,000×g for 10min at
4∘C. Catalase activity was measured in the supernatant by
Amplex Red Catalase Assay Kit (Invitrogen, Monza, Italy)
following the manufacturer’s instructions. Protein concen-
tration was quantified by bicinchoninic acid assay (Sigma-
Aldrich, Milan, Italy). Catalase activity for each sample was
normalized to protein concentration. Control conditions in
the absence of treatment were set as 100%. Basal catalase
activity was not different on days 0 (48 h after plating), 2, 4, 7,
or 10 of culturing.

2.3. Hydrogen Peroxide Levels. On day 21 of culture, astro-
cytes were plated in 6-wells cell culture (5 ⋅ 105/well; Corning,
TewksburyMA, USA) and experiments were performed 48 h
after. After treatments with G3335 and rosiglitazone (2 and
5 days), cells were washed once with PBS and scraped with
PBS on ice. Cells were then collected, subjected to a freeze-
thaw cycle, and centrifuged at 11,000×g for 10min at 4∘C.
Supernatants were treated with sorbitol to convert peroxide
to a peroxyl radical, which oxidizes Fe+2 into Fe+3. Then the
reaction between Fe+3 and an equal molar amount of xylenol
orange in the presence of acid was allowed to create a purple
product. The absorbance was read at 595 nm (OxiSelect
Hydrogen Peroxide Assay Kit, Cell Biolabs, San Diego, CA,
USA).

2.4. Western Blotting Analysis. On day 21 of culture, astro-
cytes were plated in 6-wells cell culture (5 ⋅ 105/well; Corning,
TewksburyMA, USA) and experiments were performed 48 h
after. Treatments with G3335 and rosiglitazone lasted 2 and
5 days. After incubation, cells were washed once with PBS
and scraped on ice with lysis buffer containing 50mM Tris-
HCl pH 8.0, 150mM NaCl, 1mM EDTA, 0.5% Triton X-
100, Complete Protease Inhibitor (Roche, Milan, Italy). Cells
were then collected, subjected to a freeze-thaw cycle, and
centrifuged at 11,000×g for 10min at 4∘C; the supernatantwas
conserved. Astrocyte protein extract was quantified by bicin-
choninic acid assay and 40 𝜇g of each sample was resolved
with 10% SDS-PAGE before electrophoretic transfer onto
nitrocellulose membranes (Biorad, Milan, Italy). Membranes
were blocked with 5% nonfat dry milk in PBS containing
0.1% Tween 20 (PBST) and then probed overnight at 4∘Cwith
primary antibody specific versus catalase (1 : 1000; 60 kDa;
Novus Biological, Littleton, CO, USA), acyl-CoA oxidase 1
(ACOX1) (1 : 1000; 75 kDa; Santa Cruz Biotechnology, Santa
Cruz, CA, USA), peroxisomal membrane protein of 70 kDa
(PMP70) (1 : 1000; Abcam, Cambridge, MA, USA), glu-
tathione reductase (1 : 1000; 65 kDa; Santa Cruz Biotechnol-
ogy, Santa Cruz, CA, USA), NDUFS3, core subunit of Com-
plex 1 NADH:ubiquinone oxidoreductase (1 : 1000; 30 kDa;
Abcam, Cambridge, MA, USA), GAPDH (1 : 1000; 38 kDa;
Cell Signaling, Boston, MA, USA), and 𝛽-Actin (1 : 1000;
42 kDa; Cell Signaling, Boston, MA, USA). Membranes were
then incubated for 1 hour in PBST containing the appropri-
ate horseradish peroxidase-conjugated secondary antibody
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Figure 1: Catalase activity: effect of increasing concentrations
of GW9662. Astrocytes (2 ⋅ 105cells/well) were treated with the
irreversible PPAR𝛾 antagonist GW9662 (1–100𝜇M) for 2 or 5 days.
Values are expressed as themean± S.E.M. percent of control of three
experiments. Control catalase activity was arbitrarily set as 100%.
∗
𝑃 < 0.05 in comparison to control conditions in the absence of
treatment.

(1 : 5000; Cell Signalling, Boston, MA, USA). ECL (Enhanced
chemiluminescence Pierce, Rockford, IL, USA) was used to
visualize the peroxidase-coated bands. Densitometric anal-
ysis was performed using the “ImageJ” analysis software
(ImageJ, NIH, Bethesda, Maryland, USA) and results were
normalized toGAPDHor𝛽-Actin immunoreactivity as inter-
nal control. Values are reported as percentages in comparison
to control which was arbitrarily fixed at 100%.

2.5. Statistical Analysis. Results are expressed as mean ±
S.E.M. and analysis of variance (ANOVA) was performed. A
Bonferroni significant difference procedure was used as post
hoc comparison. All assessments were made by researchers
blinded to cell treatments. 𝑃 values of less than 0.05 were
considered significant. Data were analyzed using the Origin
8.1 software (OriginLab, Northampton, MA, USA).

3. Results

Theactivity of the peroxisomal enzyme catalasewas evaluated
in astrocyte cell culture using a fluorometric assay.

The irreversible PPAR-𝛾 antagonist GW9662 reduced
catalase activity in a dose-dependent manner over time. As
shown in Figure 1, a 2-day incubation with 30 𝜇M GW9662
decreased catalase activity to 81.4 ± 3.6% (control arbitrarily
set at 100%), an effect comparable to that evoked by 100 𝜇M
H
2
O
2
after 2 h incubation (data not shown). The enzymatic

activity decreased to 69.8 ± 2.8% after a 5-day incubation in
the presence of 30 𝜇M GW9662 and to 32.7 ± 1.3% in the
presence of 100𝜇MGW9662 (Figure 1).

The activity impairment induced by 100𝜇MGW9662 for
2 days (activity decreased to 61.0 ± 0.9%) was not prevented
by the PPAR-𝛾 agonist rosiglitazone (100𝜇M) (Figure 2(a)).
Allowing a further 2-day incubation in the absence of
GW9662 (day 4), catalase activity was fully restored (97.4 ±
6.7%) and in the presence of rosiglitazone was stimulated up
to 136.1 ± 5.4%. On day 7, which was 5 days after GW9662
washout, activity was about 140% both in the absence and
presence of rosiglitazone.

The strong catalase activity decrease induced by a 5 day-
incubation with 100𝜇M GW9662 (Figure 2(b)) was restored
by a 2-day washout (day 7). The stimulatory effect of rosigli-
tazone was significant on day 10 (151.4 ± 6.0%; Figure 2(b)).

As shown in Figure 3, the reversible PPAR-𝛾 antagonist
G3335 (30 𝜇M) induced catalase impairment (after a 2-day
incubation 77.3± 4.1%; after 5 days 62.2± 5.3%) comparable to
that evoked by GW9662 but this effect seems to be maximal
since a higher concentration (100𝜇M) did not increase the
damage (Figure 4). G3335-dependent catalase damage was
prevented in the presence of 100𝜇M rosiglitazone both at 2
and 5 days (Figures 4(a) and 4(b)). Rosiglitazone was also
able to improve catalase activity over 100% after a 2-day
incubation (Figure 4(a)). The expression level of catalase was
unaltered by 30 𝜇M G3335 after a 2-day incubation. On the
contrary, a 30% decrease induced by 5 days’ incubation of
G3335was fully prevented by 100 𝜇Mrosiglitazone (Figure 5).
Catalase impairment was associated with a time-dependent
increase of hydrogen peroxide levels (about 50 and 100% after
2- and 5-day incubation, resp., Figure 6). In the presence of
rosiglitazone H

2
O
2
levels were normalized.

G3335 did not alter PMP70 expression levels at both times
evaluated (2 and 5 days, Figure 7(a)). G3335 did not alter
ACOX1 expression levels at both times evaluated (2 and 5
days, Figure 7(b)). Expressions of the antioxidant enzyme
glutathione reductase and Complex 1 NADH dehydrogenase
were also measured to evaluate the protective response of
astrocytes to the presence of G3335. The NDUFS3 subunit
of the mitochondrial enzyme Complex 1 expression was not
modified by G3335 (Figure 7(c)).

Glutathione reductase expression was progressively
reduced by 30 𝜇MG3335 over time. After 5 days’ incubation,
protein levels decreased by about 40% (Figure 8), whereas
100 𝜇M rosiglitazone prevented this effect (Figure 8).

4. Discussion

PPARs are members of the nuclear receptor superfamily,
actively involved in immunoregulation through their ability
to regulate membrane lipid composition, cell proliferation,
sensitivity to apoptosis, energy homeostasis, and various
inflammatory transcription factors, mainly through their
transrepression capabilities [23]. Although all three subtypes
of PPARs (𝛼, 𝛽/𝛿, and 𝛾 [37]) have been implicated in brain
damage, PPAR-𝛾 is the most extensively studied [23, 38–
40]. PPAR-𝛾 agonists may ameliorate AD-related pathology
and improved learning and memory in animal models and
memory and cognition in AD patients [24–26]. Activation of
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Figure 2: Restoration of catalase activity over time after treatment with GW9662. Astrocytes (2 ⋅ 105 cells/well) were treated with the
irreversible PPAR𝛾 antagonist GW9662 (100𝜇M) for (a) 2 days in the absence or presence of the PPAR𝛾 agonist rosiglitazone (10𝜇M).
Cultures were continued for a further 2 or 5 days in the absence of GW9662 and in the absence or presence of rosiglitazone. Catalase activity
was measured on days 0, 2, 4, and 7. (b) Cells were treated with GW9662 (100𝜇M) for 5 days in the absence or presence of the PPAR𝛾
agonist rosiglitazone (100𝜇M). Cultures were allowed for further 2 or 5 days in the absence of GW9662 and in the absence or presence of
Rosiglitazone. Catalase activity was measured on days 0, 5, 7, and 10. Values are expressed as the mean ± S.E.M. percent of control of three
experiments. Control catalase activity (day 0) was arbitrarily set as 100%. ∗𝑃 < 0.05 in comparison to control conditions in the absence of
treatment on day 0; ∧𝑃 < 0.05 in comparison to control on days 2 (a) or 5 (b).
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Figure 3: Catalase activity: effect of increasing concentrations
of G3335. Astrocytes (2 ⋅ 105cells/well) were treated with the
reversible PPAR𝛾 antagonist G3335 (1–100𝜇M) for 2 or 5 days.
Values are expressed as themean± S.E.M. percent of control of three
experiments. Control catalase activity was arbitrarily set as 100%.
∗
𝑃 < 0.05 in comparison to control conditions in the absence of
treatment.

PPAR-𝛾 by pioglitazone induces behavioral recovery associ-
ated with preservation of nigrostriatal dopaminergic mark-
ers and reduction of CD68-positive cells in Parkinsonian

monkeys [27]. PPAR-𝛾 agonists have beneficial effects in an
experimental model of Huntington’s disease by interfering
with the NF-𝜅B signaling pathway [29]. Heneka et al. [30]
showed that rosiglitazone delays neuronal damage by inter-
fering with glial activations and increases anti-inflammatory
cytokines in response to ischemic damage. On the other
hand, there is scanty knowledge about the pathophysi-
ological effects induced by PPAR-𝛾 dysfunctions. In the
present results a relationship between PPAR-𝛾 inhibition in
astrocytes and peroxisomal function impairment is shown.
The irreversible PPAR-𝛾 antagonist GW9662 concentration-
dependently decreases catalase activity up to 30%. As
expected, GW9662-dependent impairment is not prevented
by the PPAR-𝛾 agonist rosiglitazone.On the contrary, catalase
functionality recovers in a few days in cell culture in the
absence of GW9662, suggesting the plasticity of peroxisome
in adverse conditions. Rosiglitazone stimulates the physio-
logical restoration of the enzymatic damage leading to the
hypothesis that PPAR-𝛾 agonists may positively intervene
in rescue signaling. The reversible antagonist G3335 reduces
progressively catalase activity to 60% reaching a plateau for
concentrations higher than 30𝜇M. Two days of incubation
are needed for enzyme hypofunctionality, and decreased
expression follows 3 days later. Both activity and expression
reduction of catalase are prevented by rosiglitazone.

Catalase is the most important antioxidant defense
enzyme in mammalian peroxisomes. In rodent liver per-
oxisomes, rough estimates indicate that each molecule of
H
2
O
2
-producing oxidase possesses at least one molecule
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Figure 4: Catalase activity: effect of rosiglitazone on G3335-induced enzymatic impairment. Astrocytes (2 ⋅ 105cells/well) were treated with
the reversible PPAR𝛾 antagonist G3335 (30𝜇M) for (a) 2 days or (b) 5 days, in the absence or presence of the PPAR𝛾 agonist rosiglitazone
(100𝜇M).Catalase activitywasmeasured ondays 0, 2, and 5.Values are expressed as themean± S.E.M. percent of control of three experiments.
Control catalase activity (day 0) was arbitrarily set as 100%. ∗𝑃 < 0.05 in comparison to control conditions in the absence of treatment on
day 0; ∧𝑃 < 0.05 in comparison to control on days 2 (a) or 5 (b).

of catalase as a functional counterpart [41]. Considering
that mammalian peroxisomes are densely populated by
enzymes that form ROS (most of them are FAD- or FMN-
dependent oxidases generating H

2
O
2
; [42]) it is not sur-

prising that peroxisomes are well equipped with antioxidant
defense systems composed mainly of enzymes involved in
the decomposition of H

2
O
2
[43]. Catalase impairment has

been observed in neurodegenerative conditions [44] as well
as in complex neurodevelopmental disorders such as autism
spectrum, whose neurobiology is proposed to be associated
with oxidative stress [45]. On the other hand, oxidative stress
may result from an increase in ROS generation as well as
from an impairment of catabolic phenomena. Alterations in
consumer enzymesmay vary the net rate between production
and consumption and induce a release of ROS from the
organelles to the cell [46]. H

2
O
2
, unlike O

2

∙−, is able to
cross membranes and is free to leave the organelle and to
induce cell damage [43]. On the contrary, catalase stimulation
is protective against nervous injuries [47]. In the present
results, a progressive increase of H

2
O
2
parallels with catalase

hypofunction.
Conversely, G3335-induced PPAR-𝛾 block does not

alter the expression of another major peroxisome pro-
tein, PMP70, a membrane protein possessing multiple
peroxisome-targeting signals [48]. PMP70 is a half-type
ABC-transporter [49] involved in the transport of long and
branched chain acyl-CoA [50]. These data suggest lack of a
relationship between PPAR-𝛾 and PMP70 in astrocytes.
𝛽-oxidation of a number of carboxylates that cannot

be handled by mitochondria is one of the most important
metabolic reactions occurring in peroxisomes [51, 52] and
this process also contributes to the formation of H

2
O
2

[53, 54]. ACOX1 catalyzes the first and rate-limiting step

of straight-chain fatty acid 𝛽-oxidation [55, 56]. ACOX1 is
considered to be a PPAR-𝛼 target gene predictive of perox-
isome proliferation [57, 58] but, given that PPAR subtypes
recognize and activate gene expression through a common
DNA binding site [59], ACOX1 could be regulated also by
PPAR-𝛾. In the present results, G3335 does not modify the
full length ACOX1 protein expression levels in astrocytes
suggesting a specific regulation of PPAR-𝛾 target genes.

To fulfill their functions, peroxisomes physically and
functionally interact with other cell organelles, includ-
ing mitochondria, the endoplasmic reticulum, and lipid
droplets [1, 60]. It is well established that peroxisomes
and mitochondria are metabolically linked in mammals
[61]. Disturbance in peroxisomal metabolism triggers signal-
ing/communication events that ultimately result in increased
mitochondrial stress [62, 63]. To evaluate the effect of PPAR-
𝛾 inhibition on a characteristic enzyme of the detoxificant
machinery of mitochondria we evaluated the expression
levels of NDUFS3, a core subunit of Complex 1, the first and
largest of the four multiprotein complexes that constitute the
mitochondrial respiratory chain involved in oxidative phos-
phorylation [64]. In particular, NDUFS3 primarily initiates
the in vivo assembly ofComplex 1 in themitochondrialmatrix
[65]. Our results show that G3335 does not alter NDUFS3
expression in astrocytes, suggesting that these conditions
are specific to peroxisomal damage. However, peroxisome
impairment is enough to decrease glutathione reductase
expression levels in a rosiglitazone-prevented manner. Glu-
tathione reductase generates reduced glutathione, the main
protector of the cell [66] and low levels of this enzyme may
have implications for oxidative stress. Glutathione reductase
has been described to be reduced in neurodegenerative
diseases like PD [67], AD [44], adrenoleukodystrophy [66],
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and amyotrophic lateral sclerosis [68]. Astrocytes exert neu-
roprotective effects by providing neurons with substrates for
antioxidants such as glutathione [69]. Astrocytes contain
high levels of antioxidant molecules such as vitamins E and
C and the antioxidant enzymes Mn- and Cu, Zn-superoxide
dismutases (Mn- and Cu, Zn-SOD), catalase, and glutathione
peroxidase, which play a major neuroprotective role against
the deleterious effects of ROS [70, 71]. Although astrocytes
are generally less susceptible to oxidative injury than neurons,
there is strong evidence that oxidative stress also alters astro-
cyte functions [40, 72]. In particular, glial cells are extremely
vulnerable to H

2
O
2
and astrocytic apoptosis is observed

in brain injuries caused by trauma and ischemia [73, 74]
and in models of neuropathies [75]. Protection of astrocytes
from oxidative attack appears essential to maintain cerebral
antioxidant competence and to prevent neuronal damage as
well as to facilitate neuronal recovery [76]. It has been shown
that peroxisomes provide glial cells with neuroprotective and
anti-inflammatory functions [77] and loss or impairment
of peroxisomal function results in characteristic patterns of
central nervous system lesions [11, 12]. This is best illustrated
by pathomorphological examinations of the brain of patients
(and mice) in which one or more peroxisomal functions are
lost [12, 77–81].

5. Conclusion

In this report we highlight that the PPAR-𝛾 block in astro-
cytes is strictly related to reduced catalase functionality and

expression with a general decrease in antioxidant defenses
of the cell. The relevance of the damage induced by PPAR-𝛾
impairment suggests that hypofunctionality of this receptor
in glial cells could be present in neurodegenerative diseases
and participate in pathological mechanisms through peroxi-
somal damage. The present series of experiments could offer
a usefulmodel for the study of PPAR-𝛾 agonists or, in general,
compounds able to restore peroxisome functionality.
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A role for intracellular ROS production has been recently implicated in the pathogenesis and progression of a wide variety of
neoplasias. ROS sources, such as NAD(P)H oxidase (Nox) complexes, are frequently activated in AML (acute myeloid leukemia)
blasts and strongly contribute to their proliferation, survival, and drug resistance. Myelodysplastic syndromes (MDS) comprise a
heterogeneous group of disorders characterized by ineffective hematopoiesis, with an increased propensity to develop AML. The
molecular basis forMDS progression is unknown, but a key element inMDS disease progression is the genomic instability. NADPH
oxidases are now recognized to have specific subcellular localizations, this targeting to specific compartments for localized ROS
production. Local Nox-dependent ROS production in the nucleusmay contribute to the regulation of redox-dependent cell growth,
differentiation, senescence, DNA damage, and apoptosis. We observed that Nox1, 2, and 4 isoforms and p22phox and Rac1 subunits
are expressed in MDS/AML cell lines and MDS samples, also in the nuclear fractions. Interestingly, Nox4 interacts with ERK and
Akt1 within nuclear speckle domain, suggesting that Nox4 could be involved in regulating gene expression and splicing factor
activity. These data contribute to the elucidation of the molecular mechanisms used by nuclear ROS to drive MDS evolution to
AML.

1. Introduction

The progression of a premalignant condition to a lethal
malignancy is thought to involve an accumulation of muta-
tions in genes that regulate cellular proliferation, survival,
and differentiation [1, 2]. The myelodysplastic syndromes
(MDSs) can be considered as a representative premalignant
hematopoietic disorder that can transform to acute myeloid
leukemia (AML) [3].

(Da Watson) MDS comprises a group of anemic disor-
ders of uncertain etiology characterized by abnormal cell
morphology in the bone marrow (BM) and peripheral blood
cytopenias [4]. According to the International Prognostic
Scoring System, the patients with MDS can be divided into
4 prognostic categories: low, intermediate I, intermediate II,

and high risk [5]. In about one-third of the patients with
MDS, the disease transforms into AML, within months to
a few years. These patients usually have a high risk disease,
including Int II or high-risk MDS [6]. The causative agent(s)
for these secondary events is poorly understood. The excess
ROS are known to be a genotoxic stress that can induce DNA
damage and mutation following ineffective repair of DNA
damage [7–10]. Increased levels of ROS have been detected in
bothAML and chronicmyeloid leukemia [11, 12].With regard
to MDS and oxidative stress, several studies have reported
that increased levels of ROS or oxidative DNA damage could
be detected in hematopoietic cells fromMDSpatients [13–15].

It has been demonstrated that RAS mutations in mye-
lodysplastic syndromes/myeloproliferative diseases result in
ROS production [16]. Moreover, another player of inositide
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signaling; that is, phosphatidylinositol 3 kinase (PI3K) has
been suggested to be involved, via its substrate Akt, in the
survival of MDS blasts [17].

NAD(P)H oxidase complexes, as ROS sources, are fre-
quently activated in AML blasts and strongly contribute
to proliferation, survival, and drug resistance of these cells
[18–20]. In leukemia cells, ROS generated by Nox4, at
least in part, transmit survival signals through the Akt-
PI3K pathway while their depletion leads to apoptosis [21].
Furthermore, NADPH oxidases are now recognized to have
specific subcellular localizations, thus being required for
localized ROS production [22]. Various ROS-generating and
ROS-degrading systems seem to play an important role in
different compartments of the cell.The nucleus itself contains
a number of proteins with oxidizable thiols that are essential
for transcription, chromatin stability, nuclear protein import
and export, and DNA replication and repair [23].

Kuroda et al. demonstrated that the endogenous Nox4
preferentially localizes to the nucleus in human endothelial
cells [24]. Thus, local Nox4-dependent ROS production in
the nucleus may contribute to regulation of redox-dependent
transcription factor and gene expression involved in cell
growth, differentiation, senescence, and apoptosis. In fact,
many transcription factors, includingAP-1, NF-𝜅B,Nrf2, p53,
glucocorticoid receptor, and nuclear kinases, such as PKC
(Protein kinase C), Akt, ERK2, and PKA (Protein kinase A),
are redox sensitive [22, 25].

In spite of these striking observations, most ROS nuclear
substrates have so far remained elusive, as well as nuclear
Nox4-derived ROS functions. Therefore, the first aim of this
study is to determine if Nox4 isoform is present in the nucleus
of MDS cells and the specific localization area of Nox4
complex. We therefore used the human cell line MOLM-
13, established from AML secondary to myelodysplastic
syndrome and the AML cell line THP1 and/or human blasts
obtained from patients with MDS. The broad object of this
research is to elucidate the role of nuclearNox-derivedROS in
myelodysplastic syndromes. Therefore, Nox4 expression has
been down-regulated and ROS decrease in the nucleus has
been checked in order to confirm the nuclear localization and
activity of NADPH oxidase.

Then, we searched for binding partners in the nucleus, in
particular signaling key molecules. To reveal the interactome
proteins that reside in nuclear Nox complex in human
MDS/AML cell line, coimmunoprecipitation assay has been
performed in order to check Nox interactions with nuclear
signaling players. Identification of substrates or binding
partners of nuclear NAD(P)H oxidases will pave the way to
finding new pharmacological treatments.

The data resulting from the present study could con-
tribute to shedding the light on the molecular mechanisms
used by this key intracellular pathway to driveMDS evolution
to AML and, in general, in hematological dysfunctions.

2. Materials and Methods

2.1. Patient Characteristics. Peripheral blood samples
(PBMCs) came from 10 MDS patients and 3 healthy normal

volunteers who had given informed consent according to
the Declaration of Helsinki. The samples came from the
Department of Hematology and Medical Oncology (L. e A.
Seràgnoli) of the Policlinico S. Orsola, Bologna, Italy. In all
of the subjects participating in this study, MDS diagnosis
was defined according to WHO classification [26]. For in
vitro experiments, PBMCs were isolated by Ficoll-Paque
(Amersham Biosciences, Sunnyvale, CA, USA) density-
gradient centrifugation, according to the manufacturer’s
protocol.

2.2. Cell Culture. The MDS cell line MOLM13 and the
AML cell line THP1 were purchased from DSMZ (German
Resource Centre for Biological Material). MOLM-13 cells
express FLT3-ITD and have been derived from the peripheral
blood of a patient with post-MDS AML [27, 28]. MOLM-13
carries internal tandem duplication of FLT3. THP1 is an acute
monocytic leukemia cell line.

Cell lines were cultured with 5% CO
2
at 37∘C in RPMI

(Mediatech, Inc., Herndon, VA) with 10% fetal calf serum
(FCS) and supplemented with 2mM L-glutamine, 100U/mL
penicillin, and 100 𝜇g/mL streptomycin (all from EuroClone
Spa, Italy).

2.3. Nox4 Silencing. Retroviral supernatants were produced
according toHuSH shRNAPlasmid Panels (29-mer)Applica-
tion Guide; AM12 cells were transfected with an empty vector
(pRS Vector, TR20003), a scrambled vector (HuSH 29-mer
non effective pRS vector, TR30012), and four NOX4 gene
specific shRNA expression pRS vectors (TI311637, TI311638,
TI311639, and TI311640) for 48 h. Retroviral supernatants
were then centrifuged at 2000×g for 5 minutes and used
for target cells (THP1) infection. Where indicated, cells were
infected with NOX4 shRNA retroviral vectors, empty vector,
or scrambled vector. Forty-eight hours after infection, cells
were exposed to 2 𝜇g/mL puromycin (Sigma Aldrich) for
24 hours, and subjected to evaluation of Nox4 expression
by Western blotting and confocal analysis and detection of
intracellular ROS levels.

2.4. Preparation of Cell Extracts. Cell extracts were obtained
as described by Maraldi et al. [29]. Briefly, cells were
extracted by addition of AT lysis buffer (20mM Tris-Cl, pH
7.0; 1% Nonidet P-40; 150mM NaCl; 10% glycerol; 10mM
EDTA; 20mMNaF; 5mM sodium pyrophosphate; and 1mM
Na3VO4) and freshly added SigmaAldrich Protease Inhibitor
Cocktail at 4∘C for 30min. Lysates were sonicated, cleared by
centrifugation, and immediately boiled in SDS sample buffer
or used for immunoprecipitation experiments, as described
below.

2.5. Nuclei Purification. Cell nuclei were purified as reported
by Cenni et al. [30]. Briefly, 400𝜇L of nuclear isolation
buffer (10mM Tris-HCl, pH 7.8, 1% Nonidet P-40, 10mM
𝛽-mercaptoethanol, 0.5mM phenylmethylsulfonyl fluoride,
1 𝜇g/mL aprotinin and leupeptin, and 5mM NaF) was added
to 5 × 106 cells for 8min on ice. MilliQ water (400𝜇L) was
then added to swell cells for 3min. Cells were sheared by
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passages through a 22-gauge needle. Nuclei were recovered
by centrifugation at 400×g at 4∘C for 6min and washed
once in 400𝜇L of washing buffer (10mM Tris-HCl, pH 7.4,
and 2mM MgCl

2
, plus inhibitors as described earlier in the

text). Supernatants (containing the cytosolic fractions) were
further centrifuged for 30min at 4000×g. Isolated nuclear
and cytoplasmic extracts were finally lysed in AT lysis buffer,
sonicated, and cleared by centrifugation.

2.6. Immunoprecipitation and Electrophoresis. Immunopre-
cipitation was performed as reported by Bertacchini et al.
[31]. For preclearing procedure nuclear lysateswere incubated
with 2 𝜇g anti-M2 for 1 hour (Sigma Aldrich) and then with
beads for additionally 30min, which were then removed
and discarded prior to the immunoprecipitation. Precleared
lysates, whose protein concentration was determined by the
Bradford method, were incubated 4 hours with 3 𝜇g of anti-
Nox4 (Novus Biologicals, CO, USA). Then samples were
treated with 30 𝜇L of 50% (v/v) of protein A/G agarose slurry
(GE Healthcare Biosciences, Uppsala, Sweden) at 4∘C with
gentle rocking for 1 h. Pellets were washed twice with 20mM
Tris-Cl, pH 7.0; 1%Nonidet P-40; 150mMNaCl; 10% glycerol;
10mM EDTA; 20mM NaF; 5mM sodium pyrophosphate,
once with 10mM Tris-Cl, pH 7.4, boiled in SDS sample
buffer, and centrifuged. Supernatants were loaded onto SDS-
polyacrylamide gel, blotted on Immobilon-P membranes
(Millipore, Waltham, MA, USA), and processed by Western
blot with the indicated antibodies.

2.7. Western Blot. The protocols of the Western blot were
performed as described by Hanson et al. [32]. Briefly, protein
extracts, quantified by a Bradford Protein Assay (Bio-Rad
Laboratories, CA, USA), underwent SDS-polyacrylamide
gel electrophoresis and were transferred to Immobilon-P
membranes. The following antibodies were used: rabbit anti-
ERK1/2, goat anti-Matrin3, goat anti-𝛽actin, anti-p22phox
(Santa Cruz Biotechnology, Santa Cruz, CA, USA) diluted
1 : 500, rabbit anti-Akt1, rabbit anti-Rac1, and rabbit anti-
ERK1/2 (Cell Signalling Technology, Beverly, MA, USA),
mouse anti-tubulin, rabbit anti-Nox1, and mouse anti-sc-
35 (Sigma Aldrich St. Louis, MO, USA), rabbit anti-Nox4
(Novus Biologicals, CO, USA), rabbit anti-Nox2, and mouse
anti-pH2A(Ser139) (Millipore, Billerica, MA, USA) diluted
1 : 1000; peroxidase-labelled anti-rabbit, mouse and goat
secondary antibodies diluted 1 : 3000 (Pierce Antibodies,
Thermo Scientific; Rockford, IL, USA). Ab dilution was per-
formed in TBS-T pH 7.6 containing 3% BSA.Themembranes
were visualized using Supersignal substrate chemilumines-
cence detection kit (Pierce, Rockford, IL, USA). Anti-𝛽actin
antibodywas used as control of protein loading.Quantization
of the signal was obtained by chemiluminescence detection
on aKodak Image Station 440CF and analysis with the Kodak
1D Image software.

2.8. Confocal Microscopy. Cells were fixed for 20min in 4%
ice-cold paraformaldehyde and then permeabilizedwith 0.1%
Triton X-100 in ice-cold phosphate-buffered saline (PBS) for
5min. Permeabilized samples were then blocked with 3%

of bovine serum albumin (BSA) in PBS for 30min at room
temperature and incubated with primary antibodies (Abs):
rabbit anti-Nox4 (Santa Cruz, CA, USA) (diluted 1 : 50),
mouse anti-sc-35 (Sigma Aldrich St. Louis, MO, USA) and
mouse anti pH2A (Ser139) (Millipore, Billerica, MA, USA)
(diluted 1 : 100), in PBS containing 3% BSA for 1 h at RT.
Secondary antibody was diluted 1 : 200 in PBS containing
3% BSA (goat anti-mouse Alexa 647 and goat anti-rabbit
Alexa 488). After washing in PBS, samples were stained with
1 𝜇g/mL DAPI in H

2
O for 1min and then mounted with

antifading medium (0.21M DABCO and 90% glycerol in
0.02M Tris, pH 8.0). Negative controls consisted of samples
not incubated with the primary antibody, but only with the
secondary antibody.

Confocal imaging was performed on a Nikon A1 confocal
laser scanning microscope as previously described [33].

Spectral analysis was carried out to exclude overlapping
between two signals or the influence of autofluorescence
background on the fluorochrome signals, as previously
shown [34]. The confocal serial sections were processed with
Image J software to obtain three-dimensional projections,
as previously described [35]. The image rendering was per-
formed by Adobe Photoshop software.

2.9. Nuclear ROS Imaging. Nuclear ROS were detected with
nuclear-localized fluorescent probe forH

2
O
2
, Nuclear Peroxy

Emerald 1 (NucPE1) [36–39]. For all experiments, 5𝜇M solu-
tions of NucPE1 (from 5mM stocks in DMSO) were made in
PBS/glucose. The cells were then kept in an incubator (37∘C,
5% CO

2
) for a total of 30min in the dark. Fluorescence was

measured on a multiwell plate reader (Appliskan, Thermo
Scientific) using 488 nm filter for excitation and 535 nm filter
for emission.

Confocal fluorescence imaging studies were performed
with a Nikon A1 confocal laser scanning microscope. Excita-
tion ofNucPE1-loaded cells at 488 nmwas carried out with an
Ar laser and emission was collected at 535 nm. All images in
an experiment were collected simultaneously using identical
microscope settings. Image analysis was performed in Image
J.

2.10. Statistical Analysis. In vitro experiments were per-
formed in triplicate. For quantitative comparisons, values
were reported as mean ± SD based on triplicate analysis for
each sample. To test the significance of observed differences
between the study groups, unpaired Student’s t-test was
applied. A 𝑃 value <0.05 was considered to be statistically
significant.

3. Results

3.1. Patient Characteristics. Peripheral blood (PB) MCs from
10 patients affected byMDS (5 treated with azacitidine, 2 with
hydroxyurea, 1 with erythropoietin and 2with best supportive
care only) were examined. Median age was 70 years (range
65 to 82 years). MDS was diagnosed following World Health
Organization (WHO) classification [26]. Patient demograph-
ics and disease characteristics are summarized in Table 1.
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Table 1: Clinical, hematologic, and cytogenetic characteristics of
MDS patients.

WHO
diagnosis Karyotype Treatment Clinical outcome

RARS Normal Stable disease

RCMD del (7q) Disease
progression, death

RCMD del (20q) EPO AML
RAEB1 Normal 5-aza RAEB2
RAEB1 del (5q) Idrossiurea (HU) Stable disease
RAEB1 del (7q) Idrossiurea (HU) Stable disease
RAEB2 Tris (8) 5-aza AML, death
RAEB2 Tris (8) 5-aza AML, death
RAEB2 Normal 5-aza AML, death
AML Normal 5-aza AML, death

Karyotype analysis shows that different abnormalities are
present in the study group as well as different disease gravity
levels, as shown by WHO classification.

3.2. NADPH Oxidases Expression in MDS Samples and
MDS/AML Cell Lines. At first, we tested the expression level
of NADPH oxidase isoforms and their subunits by Western
blot (WB) analysis of total lysates of all the MDS collected
samples and of human MDS/AML cell lines (THP1 and
MOLM-13).

By using different kinds of affinity-purified antibodies
raised against distinct immunogens fromhumanNox1, Nox2,
Nox4, p22phox, and Rac1, we demonstrated that all these
proteins are present in MDS samples and humanMDS/AML
cell lines. Figure 1 shows the expression pattern of three
representative MDS samples compared to MOLM-13 and
THP1 cell lines and PBMC healthy donor. Nox1 and Nox4
isoforms seem to be highly expressed in all samples.

Interestingly, Nox4 is both expressed into the nucleus
and in the cytoplasm. In fact, confocal analysis (Figure 2(a))
demonstrated that in different MDS samples (images repre-
sentative of RAEB1, RAEB2, and RARS are shown) a punctate
staining of Nox4 is detectable inside the nuclei. Nox1 and
Nox2 signals show a cytoplasmic localization (not shown).
The same pattern has been observed also in MDS/AML cell
lines (Figure 2(b)).

In order to demonstrate the specificity of the immunoflu-
orescence signal, we performed Western blot analysis of
nuclear and cytoplasm subfractions (Figure 3). Also with this
approach we can see a high presence of Nox4 in nuclear
portions; moreover, the Nox4 subunit p22phox is present in
both the subfractions.

Rac, an important downstream effector of RAS, is an
activator of Nox2 and Nox4 and, in leukemic cells, Rac-1
and Akt activate Nox2 and Nox4 [20, 40]. RAS/Nox have
been also demonstrated to be modulators of cell growth
and proliferation via activating themitogen-activated protein
kinase ERK1/2 signaling pathway [41]. Beside Nox4 and its
regulators p22phox and Rac-1, here we show that Akt1 and

Ctrl

Nox1

Nox2

Nox4

Rac1

p22phox

Actin

MDS MDS MDS  THP1  MOLM

Figure 1: Expression of NADPH oxidases and their subunits.
Representative images of Western blot analysis of total lysates of
PBMC healthy donor (ctrl), MDS, MOLM-13, and THP1 samples
revealed with antibodies against NADPH oxidase isoforms 1, 2, and
4, Rac1, and p22phox subunits. 𝛽actin was used as loading internal
control.

ERK1/2 are also present in nuclear protein portions of both
MOLM-13 and THP1 cell lines (Figure 3).

3.3. Modulation of Nox-Derived Nuclear ROS Production. In
order to investigate the NADPH oxidase activity inside the
nuclei, we used a nuclear selective probe for H

2
O
2
, Nuclear

peroxy Emerald 1 (Figure 4). Confocal microscopy confirms
that there is a ROS production inside the nuclei (Figure 4(a)).

Even if the use of Nox4 synthetic inhibitor, diphenyl-
eneiodonium (DPI), is not directed to the nuclear part of
Nox4, as demonstrated by the fluorogenic probe assay, the
Nox4 activity inhibition reduces the nuclear ROS production
(Figures 4(a) and 4(b)).

A more selective approach, as Nox4 silencing, confirms
the Nox4 role in nuclear ROS production. The highest
downregulation of Nox4 was obtained with shRNA TI311638
and TI311640, as demonstrated byWestern blot (Figure 4(d)).
Immunofluorescence assay (Figure 4(c)) shows that the
decrease in Nox4 expression occurs both in cytoplasmic and
nuclear compartments. Overall, THP1 cells, treated with all
shRNA sequences, show a significant decrease in nuclear ROS
level.

3.4. Nuclear Nox4 Role. The production of ROS directly
inside the nuclei can be linked to DNA damage. In fact,
increasing evidence suggests that genetic changes in myeloid
malignancies lead to increased production of endogenous
sources of DNA damage, such as reactive oxygen species.

It has been shown recently that the phosphorylation level
of H2AX is crucial to determining whether cells will survive
after DNA damage [42].

Looking at nuclear H2A foci, as expected, we found that,
compared to healthy donor, MDS samples exhibit a huge
status of H2A phosphorylation (Figure 5), suggesting that
nNox4-generated ROS can induce nuclear DNA damage.

Then, we investigated the nuclear Nox4 binding network
(Figure 6). Based on the punctate Nox4 signal previously
observed (Figure 2), we tested whether this distribution
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MOLM-13THP1
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Figure 2: Immunofluorescence analysis of Nox4 expression. (a) Representative images at different magnifications showing superimposing
between DAPI (blue) and Nox4 (green) signals in three human MDS samples (from left to right RAEB1, RAEB2, and RARS first row and
RAEB1 and RAEB2 in the second row). (b) Representative images showing superimposing between DAPI (blue) and Nox4 (green) signals in
MOLM-13 and THP1 samples. Scale bar: 10𝜇m.

follows the localization of speckles nuclear domains by using
an antibody directed against sc-35. Sc-35 is involved in pre-
mRNA splicing and is found in the bodies in the nucleus
referred to as speckles, sc-35 domains, or splicing factor
compartments (SFCs). Figure 6(a) shows that the nuclear
signal of Nox4 (green) often colocalizes with the one of sc-
35 (red), generating an orange staining. The arrow indicates,
as example, the colocalization in MDS sample.

The interaction of Nox4 with sc-35 was confirmed also by
coimmunoprecipitation experiment (Figure 6(b)). Nuclear
extracts (NL) of THP1 were used for coimmunoprecipitation
analysis with anti-Nox4 (IPNox4), since this cell line express
the highest level of nuclear Nox4. Preclearing fraction,
obtained as described in method section, is shown as control
for nonspecific interactions with protein A/G: the only one
band is the one of IgG used in the preclearing step. This
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Cytoplasm
MOLM WBTHP1MOLMTHP1

Nox4

Akt1

ERK1/2

Rac1

p22phox

Tubulin
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Figure 3: Western blot analysis of cytosol (cyto) and nuclear
fractions (nuclei) of MOLM-13 and THP1 samples revealed with
anti-Nox4, anti-Akt1, anti-ERK1/2, anti-Rac1, and anti-p22phox.
Tubulin absence was used as index of nuclear extract’s purification.
Presented data are representative of three independent experiments.

experiment also confirms the interaction between Nox4 and
the subunit p22phox. Furthermore, Nox4 seems to be linked
with nuclear matrix protein, Matrin3, and with ERK1/2 and
Akt1, suggesting a direct role in nuclear MAPK and Akt
signaling regulation.

4. Discussion

Myelodysplastic syndromes refer to a heterogeneous group
of closely related hematological disorders that are character-
ized by an ineffective production of blood cells (dysplasia)
and a hypercellular or hypocellular marrow with impaired
morphology andmaturation (dysmyelopoiesis) [5]. Although
the genetic basis of MDS is not completely understood, a
significant percentage of MDS cases are characterized by
chromosomal aberrations [43, 44] and the transformation of
MDS to AML is often accompanied by additional mutations
[45]. Approximately, 30% myelodysplastic syndrome (MDS)
cases progress to acute myelogenous leukemia.

It is now well established that the progression of normal
cells to neoplastic transformation results from the accumula-
tion of mutations in genes that control cellular proliferation,
survival, and differentiation [1].

It has been proposed that AML requires a minimum of
two complementarymutations, one leading to enhanced pro-
liferation and the second leading to impaired differentiation
[46].

A significant percentage of MDS cases is characterized by
chromosomal deletions of 5q or 7q [3] and has previously
been reported to be high in a proportion of myeloid malig-
nancies [47, 48]. The next most frequent genetic alteration in

MDS is activating mutations of the RAS homologues occur-
ring in 20% of MDS patients reviewed in [49, 50]. Tumor
progression is accompanied by an increase in ROS, which
leads to an increased DNA damage. It is well established that
activation of oncogenes can lead to ROS production [51],
and ROS is an established source of endogenous double-
strand breaks [52]. Thus, acquisition of oncogenic changes
can initiate a cycle of genomic instability that has the potential
to create further mutations, which in turn may facilitate
leukemic disease progression. Several lines of evidence now
indicate that activation of RAS-mitogen-activated protein
(MAP) kinase pathways can generate increased ROS. In fact,
one candidate pathway for ROS production in MDS may
be signaling through RAC1 [53]. Another candidate pathway
for ROS production is signaling through extracellular signal-
regulated kinase 1/2 (ERK1/2).

It has been previously demonstrated that ERK phospho-
rylation occurred downstream from the Nox4 pathway, but
through the RAS activation in endoplasmic reticulum [54].
The presence and the activity in the nucleus of both PI3K/Akt
[55] and NAD(P)H oxidase isoform 4 have been described
[24]. Indeed, the altered expression ofNox4 could be involved
in a dysregulation of cell cycle and has also an important
meaning in high risk MDS patients. ROS can inactivate
nuclear-localized phosphatases and thereby enhance kinase
activation.Moreover, excessive production of ROS also could
lead to oxidative DNA damage.

In this point of view, the subcellular localization of Nox4
is likely to be especially important, given its constitutive
activity, unlike isoforms, such as Nox1 or Nox2, that require
agonist activation.

We observed in human MDS samples, showing DNA
damage sign and obtained from different disease grade
patients, that Nox4 isoform is, interestingly, localized into the
nucleus. Inhibition of Nox4 activity, obtained with DPI or
Nox4 silencing, induces a decline of nuclear ROS production,
confirming the activity of Nox4 within the nuclei.

Confocal and coimmunoprecipitation analysis demon-
strate Nox4 presences in speckle domains suggesting that
Nox4 could be involved in regulating DNA-mRNA process-
ing machinery by ROS production in specific nuclear area.
Also Matrin 3 has been demonstrated to bind DNA at sites
termed scaffold/matrix attachment regions to regulate gene
expression through interactions with chromatin remodel-
ing [56]. Here, we show that Nox4 coimmunoprecipitates
also with Matrin 3. Thus, Matrin 3 could be a docking
site where nuclear ROS signaling may exert its function
on transcription/pre-mRNA modulation in specific nuclear
domains.

Moreover, immunoprecipitation analysis demonstrated
that Nox4 interacts with Akt and ERK signaling, suggesting
a role in nuclear signaling dysregulation leading to MDS
progression. The identification of these binding partners of
nuclear Nox4 may pave the way to finding new pharmaco-
logical treatments.

Taken together, we suggest that nNox4 regulation may
have important pathophysiologic effects in MDS through
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Figure 4: Effect of Nox4 inhibition on nuclear ROS production. (a) Representative images showing staining with nuclear ROS probe (nuclear
peroxy Emerald 1) of THP1 in the presence or absence of 2 𝜇M DPI for 18 hours. Scale bar: 10 𝜇m. (b) Graph representing fluorescence
intensity of nuclear ROS probe (Nuclear peroxy Emerald 1) of MOLM-13 and THP1 in the presence or absence of 2𝜇M DPI for 18 hours.
(c) Representative images showing: superimposing between DAPI (blue) and Nox4 SC (green) signals of THP1 treated with empty vector
(EV) or Nox4-directed siRNA (38 and 40) as reported in Section 2. Scale bar: 10 𝜇m. (d) Representative images of Western blot analysis of
Nox4 silencing in THP1 cells. 𝛽actin was used as loading internal control. (e) Graph representing fluorescence intensity of nuclear ROS probe
(Nuclear peroxy Emerald 1) of THP1 treated with empty vector (EV), scrambled siRNA (SCR), or Nox4-directed siRNA (37, 38, 39, and 40).
Presented data are representative of three independent experiments. ∗𝑃 < 0.05 and ∗∗∗𝑃 < 0.001 versus Control.
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Figure 5: DNA damage in MDS samples. (a) Representative images showing staining with anti-PH2A (red), as marker of DNA damage, in
three human MDS samples. Scale bar: 10 𝜇m. (b) Western blot analysis of total lysates of MDS samples revealed with anti-PH2A. 𝛽actin was
used as loading internal control.

modulation of nuclear signaling and DNA damage. For
example, Nox4 can be a critical mediator in oncogenic RAS-
induced DNA-damage response.

In addition to antioxidant therapy, targeted therapy for
STAT, RAS, and PI3K pathways, such as RAC1 [16], may be
amenable to inhibition of nuclear ROS sources and genomic
instability using small molecule inhibitors.

These therapeutic options are likely to represent impor-
tant treatments in MDS/AML. Nevertheless, efficacy of ROS
reduction on the reversal of genomic instability and disease
progression may rely on elucidation of the major routes
for ROS overproduction in cancer with multiple genetic
alterations.
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Degenerative fibrotic diseases encompass numerous systemic and organ-specific disorders. Despite their associated significant
morbidity and mortality, there is currently no effective antifibrotic treatment. Fibrosis is characterized by the development and
persistence of myofibroblasts, whose unregulated deposition of extracellular matrix components disrupts signaling cascades and
normal tissue architecture leading to organ failure and death. The profibrotic cytokine transforming growth factor beta (TGF𝛽)
is considered the foremost inducer of fibrosis, driving myofibroblast differentiation in diverse tissues. This review summarizes
recent in vitro and in vivo data demonstrating that TGF𝛽-induced myofibroblast differentiation is driven by a prooxidant shift in
redox homeostasis. Elevated NADPH oxidase 4 (NOX4)-derived hydrogen peroxide (H

2
O
2
) supported by concomitant decreases

in nitric oxide (NO) signaling and reactive oxygen species scavengers are central factors in the molecular pathogenesis of
fibrosis in numerous tissues and organs. Moreover, complex interplay between NOX4-derived H

2
O
2
and NO signaling regulates

myofibroblast differentiation. Restoring redox homeostasis via antioxidants or NOX4 inactivation as well as by enhancing NO
signaling via activation of soluble guanylyl cyclases or inhibition of phosphodiesterases can inhibit and reverse myofibroblast
differentiation. Thus, dysregulated redox signaling represents a potential therapeutic target for the treatment of wide variety of
different degenerative fibrotic disorders.

1. Introduction: Fibrosis and Degenerative
Fibrotic Diseases

Thewound healing response inwhich damaged/dead cells are
replaced following acute injury (such as infection, autoim-
mune reaction, or mechanical injury) is essential to main-
tain tissue architecture and function [1–4]. However, if the
healing process continues unchecked, for example, due to
repeated/chronic injury, fibrosis ensues as characterized by
substantial deposition and remodeling of the extracellular
matrix (ECM) and permanent scar tissue formation, which
destroys correct tissue architecture and may ultimately lead
to organ failure and death [1–4].

There are numerous degenerative fibrotic diseases,
including multisystemic disorders such as systemic sclerosis,

chronic graft versus host disease, and nephrogenic systemic
fibrosis as well as organ-specific diseases, for example, cardiac
fibrosis, idiopathic pulmonary fibrosis (IPF), intestinal fibro-
sis, liver cirrhosis, progressive kidney disease,macular degen-
eration, and benign prostatic hyperplasia (BPH) [1–3, 5–12].
In addition, a multitude of disorders with prominent tissue
remodeling also have a significant fibrotic component,
including asthma, atherosclerosis, and the reactive stromal
response to solid tumors, such as breast, liver, and prostate
cancer [13–16].Thus, it is perhaps not surprising that approx-
imately 45% of the mortality in Western nations is attributed
to fibrotic diseases, a figure that is certainly even higher in
less developed countries [12].

Despite the considerable morbidity and mortality caused
by fibrosis, there are currently no effective treatments for
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many of these diseases and no approved antifibrotic therapies.
In part, this is due to our current lack of knowledge regarding
(i) the precise etiology of the initiating injury/infection and
(ii) the mechanisms that drive fibrosis progression. Thus, a
better understanding of the molecular pathways underlying
fibrosis and the initiating signals/causes is urgently required
for the development of effective therapeutic strategies. This
review focuses on accumulating evidence that redox signaling
plays a fundamental and integral role in themolecular patho-
genesis of fibrosis in many different tissues and organs and as
such represents a potential therapeutic target for the treat-
ment of wide variety of different fibrotic disorders.

2. The Myofibroblast: Biology, Origin,
and Role in Fibrosis

Fibrotic diseases are clearly distinct in their etiology and clin-
ical manifestation. Nonetheless, fibrogenesis in most organs
and tissues progresses in a remarkably similar manner, char-
acterized in particular by the development and persistence
of large numbers of myofibroblasts [3, 7, 9, 12]. During the
normal wound healing response, myofibroblasts accumulate
to promote wound closure by virtue of their contractile
and ECM- and growth factor-secreting properties, with the
latter serving to attract epithelial cells, a process termed
“reepithelialization”. Normal tissue function and architecture
are restored upon completion of reepithelialization via poorly
understood mechanisms that result in massive apoptosis of
myofibroblasts and vascular cells, which are subsequently
cleared from thewound site [7, 17, 18]. Tissue and organ fibro-
sis are thought to arise from failure ofmyofibroblast apoptosis
during wound healing [3, 19]. Again, however, the mecha-
nisms underlying this apparent “apoptosis-resistant” myofi-
broblast phenotype remain ill-defined [20].The resulting per-
sistentmyofibroblast activation leads to excessive ECMdepo-
sition, altered growth factor signaling and consequently cel-
lular proliferation, progressive remodeling and destruction
of normal tissue architecture, organ dysfunction, and failure
[3, 19, 21]. Thus, the myofibroblast is widely considered the
main effector cell of fibrosis and thereby a major therapeutic
target.

Myofibroblasts are a specialized cell type that combines
the ECM-producing characteristics of fibroblasts with the
cytoskeletal and contractile properties of smoothmuscle cells
(SMCs) as reviewed recently [2]. Myofibroblasts are defined
by (i) their de novo expression of alpha-smooth muscle cell
actin (𝛼-SMA, encoded by the gene ACTA2) in stress fibers
and (ii) contractile force.The cellular origin ofmyofibroblasts
remains somewhat controversial but may differ depending
on the organ and/or the initiating stimulus (reviewed [2,
22]). Myofibroblasts have been described to originate from
differentiation of vascular SMCs, bonemarrow-derived fibro-
cytes, hepatic stellate cells, resident epithelial cells via
epithelial-to-mesenchymal transition, and endothelial cells
via endothelial-to-mesenchymal transition [3, 23]. However,
although these cell types undergo differentiation into myofi-
broblasts in vitro, the extent of their contribution to

the myofibroblast pool in vivo is the subject of considerable
debate. Rather, it is widely accepted that myofibroblasts pre-
dominantly originate from the differentiation of local tissue
fibroblasts [23].

Fibroblast-to-myofibroblast differentiation occurs via a
two-step process. Following injury or during chronic inflam-
mation, changes in mechanical tension of the ECM are trans-
mitted to the fibroblast cytoskeleton via RhoA/ROCK signal-
ing [24]. Consequently, fibroblasts adopt an “activated” phe-
notype (termed “protomyofibroblast”) and deposit new ECM
components [25]. Soluble factors and cytokines, in particular
the splice variant ED-A of cellular fibronectin and profibrotic
cytokine TGF𝛽, which are produced initially by platelets and
infiltrating leukocytes at the wound site, are major induc-
ers of fibroblast-to-myofibroblast differentiation [25]. How-
ever, protomyofibroblasts andmyofibroblasts themselves also
secrete and activate TGF𝛽 thus generating an autocrine
feed-forward loop driving continued myofibroblast differen-
tiation [26, 27] (Figure 1). It may be noted, however, that,
although inflammation frequently occurs prior to fibrosis,
fibrogenesis can also occur independently of inflammatory
mechanisms indicating that inflammation is not always the
driving initiator [28].

Although several TGF𝛽-independent mechanisms of
fibrosis have been described, such as interleukins 4 and 13 and
platelet-derived growth factor (reviewed [34, 35]), TGF𝛽1 is
widely considered the foremost inducer of fibrosis and drives
myofibroblast differentiation in cells of diverse histological
origin, including breast, skin, prostate, kidney, heart, lung,
and liver [36–42]. Consistently, elevated TGF𝛽1 levels and
signaling are observed in many fibrotic disorders [19, 43–
50]. TGF𝛽1 exerts its effects via downstream activation of
canonical Smad2/3 signaling or via noncanonical Smad-
independent activation of mitogen-activated protein kinase
(MAPK) andPI3 kinase/Akt pathways [2, 26, 51]. Collectively,
signaling via these pathways leads to ECM deposition and
secretion of paracrine- and autocrine-acting growth factors
[26, 52]. Notably, the ECM can directly bind to and release
growth factors; for example, heparan sulfate can bind to and
release fibroblast growth factor 2 [53]. On the one hand,
such interactions sequester growth factors thereby protecting
them from degradation but can also enhance their bioactivity
due to increased half-life [54].Moreover, indirect interactions
are required for signal transduction of some growth factors;
for example, integrin binding is necessary for induction of
angiogenesis by vascular endothelial cell growth factor [55].
Thus, remodeling and enhanced deposition of ECM in fibro-
sis contributes to disease pathogenesis not only by disrupting
normal tissue architecture but also by modulating cellular
signaling cascades (Figure 1).

TGF𝛽 undoubtedly plays a pivotal role in pathogenic
fibrogenesis. Therapeutic approaches designed to interfere
with downstreamTGF𝛽 signaling processes that culminate in
myofibroblast activation may represent an alternative viable
strategy for the treatment of fibrotic disease. In this respect,
a convincing body of data implicates dysregulated redox sig-
naling byNADPHoxidase 4 (NOX4) andnitric oxide (NO) in
the pathophysiology of fibrosis.
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inflammatory and vascular cells secrete TGF𝛽, which acts on local fibroblasts and other precursor cells (e.g., hepatic stellate cells,
fibrocytes) inducing their production of NOX4-derived H
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2
. Consequently, downstream MAPK signaling cascades are activated resulting

in differentiation into myofibroblasts, whose production of ECM components facilitates wound closure. Prolonged injury or inflammation
leads to persistentmyofibroblast activation via a feed-forward loop driven by several different factors. For example, myofibroblasts themselves
secrete and produce large amounts of active TGF𝛽 and thereby generate an autocrine feed-forward loop that is characteristic of persisting
myofibroblast activity (1) [27]. Activation of latent TGF𝛽 in ECMdeposits via dissociation of latency associated peptide (LAP) is promoted by
various mechanisms, including direct oxidative modification (2) [29–31].Thus, NOX4-derived H

2
O
2
may drive myofibroblast differentiation

not only by oxidative modulation of MAPK signaling cascades that culminate in downstream transcriptional programs of differentiation
[26], but also via its ability to freely diffuse across biological membranes and oxidatively modulate components in the extracellular space.
Myofibroblasts also secrete high levels of ECM components. The resulting increase in mechanical tension and tissue stiffness can activate
ECM-bound latent TGF𝛽 due to mechanical pulling of LAP by specific integrins at the myofibroblast cell surface (3) [32]. Thereby, TGF𝛽 is
released and activated from the latent complex, which in turn drives further myofibroblast contraction and differentiation as well as ECM
deposition [25]. In addition to this physical mechanism of TGF𝛽 activation by the remodeled ECM, components of the remodeled ECM
can modulate TGF𝛽 signaling in a biochemical manner (4), for example, latent TGF𝛽 binding proteins, fibrillins, fibulins, fibronectin, and
proteoglycans (reviewed [33]).Moreover, a number of targets downstream of TGF𝛽 signaling provide feedbackmodulation of the ECM either
directly or indirectly, for example, thrombospondin-1 (TSP-1), collagens/ECM components themselves, and ECM remodeling components
such as matrix metalloproteinases (5) (MMP2, -9), plasminogen activator inhibitor (PAI-1), and tissue inhibitors of metalloproteinases
(TIMPs) [26].Thus, the stiffened/remodeled ECM together with autocrine production of TGF𝛽 andNOX4-derived H

2
O
2
actively perpetuate

TGF𝛽 signaling and myofibroblast differentiation leading to fibrosis.

3. Signaling by NOX4-Derived
Reactive Oxygen Species in the Regulation
of Myofibroblast Differentiation

High levels of free radicals can result in nonspecific oxidative
damage to cell structures and biomolecules. However, when
produced in a regulated manner, reactive oxygen species
(ROS), NO, and reactive nitrogen species play a critical
role as biological second messengers in a variety of cellu-
lar processes, including myofibroblast differentiation [56].
NADPH oxidase (NOX) enzymes are unique in that ROS
production is their primary and sole function [57]. This is in
contrast to ROS-producing enzyme systems such as xanthine
oxidase or uncoupled endothelial NO synthase, whose pro-
duction of ROS occurs secondary to their primary function.

The seven members of the NOX family catalyze the transfer
of electrons across biological membranes from NADPH to
oxygen thereby generating superoxide (O

2

∙−
) [58]. However,

the major detected product and primary effector ROS of
the constitutively active NOX4 is hydrogen peroxide (H

2
O
2
),

although this most likely is a result of rapid superoxide
dismutation [59–61]. It is thought that a highly conserved
histidine residue within the E-loop of NOX4 promotes rapid
dismutation of superoxide before it leaves the enzyme [61],
although this aspect of NOX4 biology requires further clar-
ification. Irrespectively, the greater stability but lower reac-
tivity of H

2
O
2
compared to superoxide is consistent with a

signaling function of NOX4-derived ROS [26, 62, 63]. NOX-
derived ROS exert their signaling functions by modulating
biological activity of target proteins such as transcription
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Figure 2: Signaling pathways that activate NOX4 and downstream targets of NOX4-derived ROS in myofibroblasts. NOX4 activity is
predominantly regulated at the transcriptional level [59, 65]. TGF𝛽 is one of the main inducers of NOX4 during myofibroblast activation.
Additionally, hypoxia, angiotensin II, and platelet-derived growth factor (PDGF) have also been shown to activate NOX4 expression leading
tomyofibroblast activation; however, this most likely occurs as a result of their indirect activation of TGF𝛽 signaling [75–77]. Upon binding of
TGF𝛽 ligand, heteromeric complexes of TGF𝛽 receptor type I and type II recruit and activate the canonical signal transducers Smad2/3 as well
as less well understood noncanonical signal transducers, such as mitogen-activated protein kinases (MAPKs) and protein kinase C (PKC).
TGF𝛽 signal transducers subsequently activate the transcription of target genes that include NOX4. TGF𝛽-mediated induction of NOX4
expression has largely shown to be Smad2/3-dependent [39, 40]; however, PKC has also been implicated in TGF𝛽-dependent upregulation of
NOX4 [78]. The subcellular localization of NOX4 appears to be cell-, tissue-, and perhaps even context-specific with its reported localization
to the plasma membrane (PM), endoplasmic reticulum (ER), nucleus, focal adhesions, and mitochondria [62]. NOX4 requires the cofactor
p22phox for production of ROS, of which predominantly H

2
O
2
is detected [59–61]. NOX4-derived H

2
O
2
activates signaling intermediates

such as Smad2/3, ERK1/2, JNK and Src [26, 39, 40, 77, 79–81], which subsequently induce the transcription of downstream target genes, such
as 𝛼-smooth muscle cell actin (𝛼-SMA), collagens, and fibronectin leading to ECM deposition and myofibroblast differentiation/activation.

factors, MAPKs, protein tyrosine phosphatases (PTPs),
and protein tyrosine kinases via reversible oxidation of thiol
groups of low pKa cysteine residues [63, 64].

Unlike other NOX isoforms, NOX4 is constitutively
active with primary regulation occurring at the transcrip-
tional level [59, 65]. NOX4 expression is activated in vascular
SMCs and fibroblasts by several cytokines implicated in the
pathogenesis of fibrosis, including TGF𝛽, angiotensin II,
and platelet-derived growth factor [5] and elevated NOX4
levels are observed in tissues bearing hallmarks of fibrosis
(Figure 2). For example, NOX4 mRNA levels specifically
correlated with the myofibroblast phenotype in benign pro-
static tissue [26]. Similarly, NOX4 expression was higher in
pulmonary fibroblasts from patients with IPF compared with
controls and correlatedwithmyofibroblastmarker expression
[66]. In addition, NOX4 was found to be expressed in fibrob-
lastic foci in the lung of IPF patients and two mouse models
of pulmonary fibrosis [67]. Recently, high levels of NOX4,
which colocalized with 𝛼-SMA, were observed in liver biopsy
samples from patients with autoimmune hepatitis [42].These
observations together with findings from functional studies

indicate that elevated NOX4-derived ROS play a critical
role in the pathophysiology of numerous fibrotic disorders
(Figures 1–3) [26, 40, 67–71]. For example, we demonstrated
that NOX4-derived ROS drive myofibroblast differentiation
of prostatic fibroblasts in response to TGF𝛽1 [26]. Similar
findings were observed for cardiac, pulmonary, renal, and
adventitial fibroblasts and hepatic stellate cells [39, 40, 42,
66, 67, 72]. In vascular endothelial cells, NOX4 also mediates
TGF𝛽1-induced cytoskeletal remodeling and maintains the
differentiated phenotype of vascular SMCs [73, 74].

Several in vivo studies have provided more definitive
evidence that NOX4-derived ROS play a direct role in the
pathogenesis of fibrosis. For example, inhibition of NOX4 via
genetic deletion, antisense oligonucleotides, siRNA, or NOX
inhibitors attenuated disease progression in rodent models of
pulmonary, renal, and liver fibrosis [42, 67, 82–84].

NOX4 induction appears to contribute to fibrogenesis
not via oxidative stress-induced damage [26, 62, 63], but
rather by chronic dysregulation of downstream signaling
pathways (Figure 2).The precise oxidative target(s) of NOX4-
derived ROS that culminate in myofibroblast differentiation
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and transcriptional events culminating in fibroblast-to-myofibroblast differentiation. The concomitant downregulation of selenium (Se)-
dependent ROS scavenging enzymes by TGF𝛽 further potentiates NOX4-derived ROS signaling. In parallel, TGF𝛽 and H

2
O
2
attenuate

NO signaling, which is associated with the fibroblast phenotype, via attenuation of NOS and sGC activities. Likewise, NOS inhibitors
(NOSi/L-NAME) attenuate NO signaling and aggravate fibrosis. Fibroblast-to-myofibroblast differentiation and subsequent tissue fibrosis
are reversible processes. Thus, targeting persistent NOX4-derived ROS levels in the diseased tissue by NOX4 inhibitors (NOX4i) or by ROS
scavenging with Se or antioxidants results in inhibition of myofibroblast differentiation and, moreover, in dedifferentiation/inactivation of
myofibroblasts to a quiescent fibroblast-like phenotype. Similarly, enhancement of NO signaling by administration of the NOS substrate
L-arginine, NO-donors (SNP/SNAC), sGC stimulators/activators, or PDE inhibitors (PDEi) maintains the fibroblast phenotype or induces
dedifferentiation/inactivation of preexisting myofibroblasts.

in response to TGF𝛽 remain(s) largely unknown. However,
TGF𝛽1-induced NOX4-derived ROS have been shown to
directly oxidatively inactivateMKP1, a dual specificityMAPK
phosphatase that targets JNK and p38 [79]. Consistently,
JNK phosphorylation by NOX4-derived ROS was essential
for TGF𝛽1-induced myofibroblast differentiation of prostatic
fibroblasts and cardiomyocyte differentiation of pluripotent
embryonal carcinoma cells [26, 80]. Other targets activated
by NOX4-derived ROS in fibrogenic signaling cascades
include ERK1/2 and Src [39, 81]. Thus, it appears that the
NOX4-dependent fibrotic response can bemediated via mul-
tiple oxidative targets (Figure 2). Interestingly, activation and
release of TGF𝛽 from its latency association peptide (LAP)
are also induced by oxidative modification of LAP with free
radicals capable of stimulating TGF𝛽 expression and secre-
tion in many cell types [29, 85] (Figure 1).

Although NOX4 induction by TGF𝛽1 does not typically
result in oxidative stress-induced damage in fibroblasts [26,
62, 63], primary alveolar epithelial cells exposed to TGF𝛽1
undergo apoptosis in a NOX4-dependent manner [86], an
event that can also be indirectly mediated via paracrine
release ofH

2
O
2
by activatedmyofibroblasts [87].Thus,NOX4

may promote fibrosis not only by driving cytokine-induced
fibroblast-to-myofibroblast differentiation but also by impair-
ing epithelial regenerative capacity during wound healing.

In summary, whilst acute induction of NOX4 may be
beneficial in inducing the myofibroblast phenotype during

wound healing, the persistence of myofibroblasts together
with autocrine TGF𝛽 signaling may result in chronic
NOX4 activation and ROS production resulting in a self-
perpetuating cycle of myofibroblast differentiation and accu-
mulation, fibrosis, and organ dysfunction (Figure 1). Thus,
targeting elevated NOX4-derived ROS either directly via
NOX4 inhibition or indirectly by increasing the activity of
ROS scavenging enzymes represents a promising therapeutic
strategy for the treatment of diverse fibrotic pathologies
(Figure 3).

There are numerous ROS-scavenging systems that main-
tain cellular redox homeostasis; however, of particular inter-
est are the selenium (Se)-dependent enzymes. We observed
downregulation of the Se transporter SEPP1 and Se-contain-
ing ROS scavengers glutathione peroxidase 3 (GPX3) and
thioredoxin reductase 1 (TXNRD1) during TGF𝛽1-mediated
prostatic myofibroblast differentiation [26]. Moreover, SEPP1
was specifically lost in tumor-associated stroma of prostate
cancer patients, indicating reduced activity of ROS scaveng-
ing enzymes in the diseases tissue [26]. Se is an essential
trace element that is incorporated as selenocysteine into the
active sites of GPX3 and TXNRD1 enzymes and required
for proper protein folding/function [88]. Consistent with
the role of SEPP1 in delivering Se to peripheral tissues for
selenoprotein biosynthesis [89, 90], exogenous Se restored
expression ofGPX3 andTXNRD1 aswell as TXNRD1 enzyme
activity, depleted TGF𝛽1-induced ROS downstream of NOX4
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induction, and inhibitedmyofibroblast differentiation of pro-
static fibroblasts [26]. Similarly, exogenous Se also inhibited
TGF𝛽-mediatedmyofibroblast transdifferentiation of hepatic
stellate cells [91]. Furthermore, we observed that exogenous
Se restores morphological and molecular characteristics typ-
ical of the fibroblast phenotype to in vitro differentiated
prostaticmyofibroblasts even in the continued presence of the
TGF𝛽 differentiation-inducing stimulus [4]. Similarly, stud-
ies employing myofibroblasts from IPF patients and a three-
dimensional coculture model of porcine skin fibrosis also
demonstrated the potential utility of ROS scavenging in pro-
motingmyofibroblast dedifferentiation [92, 93]. Consistently,
pharmacological inhibition of NOX4 after induction of liver
fibrosis in mice was shown to reduce ROS levels and signifi-
cantly attenuate fibrosis [42].

Collectively, a large body of in vitro and in vivo data indi-
cates that myofibroblast differentiation in fibrotic disorders
and tumor-reactive stroma is driven by a prooxidant shift in
intracellular redox signaling caused by elevated ROS and/or
reduced antioxidative potential. NOX4 appears to be the
major source of elevated ROS and central mediator of TGF𝛽-
inducedmyofibroblast differentiation in diverse tissues.Thus,
restoring cellular redox homeostasis by (i) targeting NOX4,
(ii) Se supplementation, and/or (iii) application of antiox-
idants may represent a promising therapeutic strategy for
fibrotic disease (Figure 3). Moreover, rather than simply
inhibiting myofibroblast differentiation to prevent disease
progression, clearing the myofibroblast pool in fibrotic dis-
orders by inducing their dedifferentiation to the nonactivated
fibroblast/progenitor phenotypemay be a feasible therapeutic
strategy that potentially represents a curative treatment.

4. Nitric Oxide Signaling in the Regulation of
Myofibroblast Differentiation

The free radical NO is an important signaling molecule in a
variety of biological processes that is biosynthesized in vivo
from L-arginine by nitric oxide synthases (NOS), involving
the oxidation of NADPH and the reduction of molecular
oxygen. NO signaling is mediated via activation of soluble
guanylyl cyclase (sGC). The second messenger cyclic guano-
sine monophosphate (cGMP) that is subsequently generated
by sGC regulates the activity of cGMP-dependent protein
kinases such as protein kinase G (PKG), cyclic nucleotide
phosphodiesterases (PDEs), and cation channels and may
have other unknown effects [94].

In terms of fibroblast-to-myofibroblast differentiation,
NO signaling appears to be a central pathway associated with
the fibroblast phenotype (Figure 3). Treatment of dermal
fibroblasts with TGF𝛽1 significantly reduced NOS activity
and NO levels, whereas the NOS inhibitor 𝑁

𝜔
-nitro-L-

arginine methyl ester (L-NAME) synergistically potentiated
TGF𝛽1-induced collagen production [95]. Consistently, NOS
inhibition or knockout attenuated fibrosis in several animal
models [96–99].We previously demonstrated that the soluble
NO donor sodium nitroprusside (SNP) dose-dependently
inhibited TGF𝛽1-induced myofibroblast differentiation of
human prostatic fibroblasts in vitro [100]. These findings
are in line with suppression of TGF𝛽1-induced collagen

production by SNP in dermal fibroblasts in vitro and atten-
uation of fibrosis in rodent model systems using the NOS
substate L-arginine or the NO donor S-Nitroso-N-acetyl-
cysteine (SNAC), respectively [95, 98, 101]. Moreover, par-
allel NO donation and cyclooxygenase inhibition prevented
bleomycin-induced lung fibrosis in mice [102].

Since NO activates sGC, increasing sGC activity via NO-
independent heme-dependent sGC stimulators represents an
alternative approach to enhance NO signaling (Figure 3).
Similarly to observations with NO donors, the sGC stimula-
tor BAY 41-2272 inhibited in vitro myofibroblast differentia-
tion of cardiac fibroblasts and dermal fibroblasts fromhealthy
subjects and patients with systemic sclerosis [103, 104]. In vivo
BAY 41-2272 limited disease progression in models of renal,
cardiac, and dermal fibrosis [103–106] and similar inhibitory
effects were documented for the sGC stimulator riociguat
(BAY 63-2521) in rat models [107, 108]. In contrast to sGC
stimulators that require the presence of a reduced heme
moiety in the prosthetic group of the enzyme, sGC activators
can bind to and activate oxidized or heme-deficient sGC
[109]. Under conditions of oxidative stress, the heme moiety
can be oxidized and lost, rendering sGC no longer responsive
to NO.Thus, these heme-independent activatorsmay be ben-
eficial in the treatment of a variety of diseases associated with
oxidative stress [109]. Of note, the sGC activator BAY60-2770
inhibited myofibroblast differentiation in prostatic and der-
mal fibroblasts (our unpublished observations) and attenu-
ated liver fibrosis in rat models [110], whilst the sGC activator
cinaciguat (BAY 58-2667) prevented disease progression in a
rat model of chronic renal failure [111].

The fact that treatment with the cell-permeable cGMP
analog 8-bromo-cGMP is able to mimic the inhibitory effects
of enhanced NO/sGC signaling on myofibroblast differentia-
tion clearly indicates that inhibition is mediated downstream
via cGMP [95, 112]. Thus, inhibitors of certain phosphodi-
esterase isoforms (PDE) represent an additional approach to
enhance NO/cGMP signaling. PDEs comprise a superfamily
of phosphohydrolases that degrade cellular cGMP and cAMP.
PDE type 5 (PDE5), which specifically hydrolyzes cGMP, is
the major therapeutic target in erectile dysfunction, and is
additionally approved for the treatment of pulmonary arterial
hypertension and BPH [113–115]. Increased PDE5 expression
was observed in anti-Thy1-induced mesangial proliferative
glomerulonephritis in rats and PDE5 inhibition showed ben-
eficial antiproliferative and antifibrotic effects in vivo, indicat-
ing an active role of PDE5 in fibrogenesis [116].We previously
demonstrated that pharmacological inhibition or shRNA-
mediated silencing of PDE5 significantly attenuated TGF𝛽1-
induced myofibroblast differentiation of prostatic fibroblasts
in vitro [100]. Likewise, PDE5 inhibition prevented myofi-
broblast differentiation in fibroblasts form Peyronie’s disease
plaques in vitro and counteracted fibrosis in TGF𝛽1-induced
Peyronie’s disease-like plaques in rats [117, 118]. Moreover,
in lung fibroblasts PDE5 inhibition in combination with the
sGC activator cinaciguat attenuated myofibroblast differenti-
ation [41].

Similarly to exogenous Se, we recently reported that PDE5
inhibition in in vitro differentiated prostatic myofibroblasts
restored morphological and molecular characteristics typical
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of the fibroblast phenotype, indicating that enhancement of
NO signaling not only prevents but alsomight reverse fibrosis
[119]. Consistently, the NO donor SNAC induced dedifferen-
tiation of activated hepatic stellate cells in vitro [120] and in
vivo sGC stimulation by BAY 41-8543 decreased tubuloint-
erstitial fibrosis after relief of unilateral ureteral obstruction
in rats [121]. Similarly, BAY 41-2272 reduced established
fibrosis in modified mouse models of dermal fibrosis [34]
and PDE5 inhibition reduced myofibroblast numbers and
total size of preformed TGF𝛽1-induced Peyronie’s disease-
like plaques in rats [117]. Of note, various PDE5 inhibitors
selectively increased the apoptotic index in TGF𝛽1-induced
Peyronie’s disease-like plaques in rats [117, 118], indicating
clearance of myofibroblasts by apoptosis upon enhancement
of NO signaling.

Collectively, findings from in vitro and in vivomodel sys-
tems indicate that the fibroblast phenotype is maintained by
NO signaling and that myofibroblast differentiation is asso-
ciated with an attenuation/inhibition of the NO/sGC/cGMP
signaling cascade, while stimulation of NO signaling is
capable of even reverting myofibroblast differentiation.Thus,
enhancement of NO signaling by NO donors, stimulators,
and activators of sGC or inhibition of cGMP degradation via
PDE inhibitors might be of therapeutic benefit for patients
suffering from degenerative fibrotic disease (Figure 3).

5. Crosstalk between NOX4/H2O2 and NO
Signaling Networks in the Regulation of
Myofibroblast Differentiation

The fact that elevated NO signaling attenuates and reverses
myofibroblast differentiation while NOX4-derived ROS play
a key role in driving differentiation in response to TGF𝛽 indi-
cates that the fibroblast/myofibroblast phenotype is regulated
via crosstalk between both signaling pathways.ThemainROS
effector of NOX4 is H

2
O
2
[59–61]; however, by virtue of its

catalytic structure [122] its primary product like other NOX
isoforms is superoxide (see chapter 3) [59–61]. Even assuming
that NOX4-derived superoxide undergoes rapid dismutation,
residual superoxide could potentially cross-react with NO
signaling; for example, superoxide can react with NO gen-
erating peroxynitrite (ONOO−), thereby depleting NO levels
[123]. In addition, superoxide can oxidize the critical nitric
oxide synthase (NOS) cofactor tetrahydrobiopterin (BH

4
)

leading to NOS uncoupling and superoxide generation rather
than NO production [124]. Indeed, in some models, NOX4
has been implicated in the generation of peroxynitrite and
subsequent NOS uncoupling [125–128]. However, since
NOX4 is primarily associated with constitutive H

2
O
2
pro-

duction [60, 61], which unlike superoxide does not appear
to react directly with NO, any opposing regulation of TGF𝛽-
induced myofibroblast differentiation by NO and NOX4-
derived ROS signaling presumably predominantly occurs via
distinct mechanisms (summarized Figure 3).

There are several mechanisms by which NOX4-derived
H
2
O
2
may affect NO signaling. H

2
O
2
impaired NO produc-

tion in porcine aortic endothelial cells possibly via direct
oxidative inactivation of eNOS cofactors [129]. Moreover,

H
2
O
2
decreased sGC expression and consequently NO-

dependent cGMP generation in pulmonary arterial SMCs
from lambs with persistent pulmonary hypertension of the
newborn and in rat aortic SMCs or freshly isolated vessels
[130, 131]. H

2
O
2
or PTP inhibitors promoted tyrosine phos-

phorylation of the beta 1 subunit of sGC, presumably via
Src-like kinases. Since c-Src-dependent phosphorylation of
sGC has been shown to attenuate sGC activity and cGMP
formation [132, 133], these data suggest that elevated NOX4-
derived H

2
O
2
during myofibroblast differentiationmay inac-

tivate PTPs and/or activate Src kinase, leading to sGC phos-
phorylation and consequently reduced cGMP formation.

Additionally, NOX4-derived H
2
O
2
and NO signaling

may interact via common cofactors. Both NOS and NOX
require NADPH as an electron donor for enzyme activity.
Since NOX4 induction is an early event during TGF𝛽1-
mediated differentiation [26, 40], NADPH consumption/
depletion due to elevated NOX4 activity may attenuate
NOS activity and consequently NO signaling. Furthermore,
opposing interaction may occur via mutually exclusive mod-
ification of NOX/NO target proteins. For example, NO acti-
vates sarco/endoplasmic reticulum Ca2+ ATPase (SERCA)
via S-glutathiolation on cysteine 674, while induction of
NOX4 via TGF𝛽1, exposure toH

2
O
2
, or high glucose resulted

in SERCA oxidation of the same thiol group that inhibited
NO-mediated S-glutathiolation [134–136].

Taken together these findings clearly indicates that H
2
O
2

and NO appear to interact in a functionally opposing
manner during myofibroblast differentiation via multiple
mechanisms, whereby TGF𝛽1-mediated induction of NOX4-
derived H

2
O
2
leads to downregulation of NO signaling and

thereby promotes fibroblast-to-myofibroblast differentiation.
Consistently, TGF𝛽1 significantly decreased NO production
in dermal fibroblasts [95]. Thus, stimulating sGC generation
and/or inhibiting cGMP degradation potentially counteract
ROS-mediated inactivation of NO signaling to consequently
prevent and reverse myofibroblast differentiation. Of note,
enhancing cGMP levels inhibited and reversed differentiation
without impairing NOX4 mRNA induction by TGF𝛽1 (our
unpublished observations) [119], indicating that NO signal-
ing acts downstream of NOX4-derived H

2
O
2
production.

Since treatment with 8-bromo-cGMP is sufficient to inhibit
myofibroblast differentiation [95], the H

2
O
2
-counteracting

effects of elevated NO signaling appear to be mediated via
downstream cGMP-dependent mechanisms and not via the
NO radical per se.

6. Clinical Implications

In order to develop broadly effective antifibrotic therapies,
it will be necessary to identify common features of differ-
ent fibrotic disorders that affect distinct tissues and/or are
initiated by different stimuli (e.g., chronic scarring of the
liver due to hepatitis versus the tumor-associated reactive
stromal response to prostate cancer). However, in some cases
it may be necessary/advantageous to identify tissue-specific
signaling mechanisms/inducers whose specific targeting is
less likely to be associated with adverse side effects on healthy
tissues. The observation that fibroblasts and myofibroblasts
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are interconvertible phenotypes, with phenotypic switching
apparently regulated via crosstalk between NOX4/H

2
O
2
and

NO signaling, has significant clinical implications. Targeting
redox signaling, for example, via inhibitors of NOX4 or
PDE5, antioxidants such as Se or enhancers of NO signaling,
represents a promising therapeutic strategy to modulate the
fibroblast/myofibroblast ratio in pathological conditions such
as degenerative fibrotic diseases (Figure 3).

TGF𝛽 unequivocally plays a central role in fibrogenesis in
diverse tissues and organs. However, given its essential role
in a wide range of fundamental cellular functions, there are
concerns that systemic approaches directly targeting TGF𝛽
for the treatment of fibrotic conditions will potentially exert
undesirable toxic effects [51, 137]. Indeed, this was the case in
the CAT-192 clinical trial [138]. Nonetheless, several clinical
trials on fibrosis employing anti-TGF𝛽 agents have been
completed and several others are underway. Unfortunately,
to date, these trials have largely yielded disappointing results
despite promising in vitro observations (reviewed recently
[139, 140]).

Induction of NOX4-derived H
2
O
2
and reduced NO

signaling are apparently central downstream components
of TGF𝛽-mediated myofibroblast differentiation in diverse
tissues and organs. Thus, therapeutic targeting of redox
homeostasis in degenerative fibrotic diseases might also be
expected to elicit broad and undesirable effects. However, it
should be noted that, unlike TGF𝛽 that drives myofibrob-
last differentiation and fibrosis via Smad-dependent and -
independent pathways [51, 141], NOX4 does not modulate
noncanonical signaling by TGF𝛽1 in prostatic fibroblasts
[26, 40, 65]. Moreover, Nox4 knockout animals display no
obvious basal phenotype and a dual NOX1/NOX4 inhibitor
was well tolerated in animal models and in phase I clinical
trials [42, 57]. Furthermore, PDE(5) inhibitors are clinically
employed for a variety of conditions and have a history of safe
use with minimal side effects in humans [113–115].

Despite intense research efforts, there currently remains
no NOX4-specific inhibitor and several attempts to generate
peptides that disrupt NOX4 function have been unsuccessful
with the authors concluding that, unlike otherNOX isoforms,
NOX4 exists in a tightly assembled and active conformation,
which cannot be disrupted by conventional means [142,
143]. Nonetheless, several studies have successfully employed
a dual NOX1/NOX4 inhibitor GKT137831, which showed
promising results in mouse models of liver fibrosis and
hypoxia-induced pulmonary hypertension [42, 57, 84, 144]
and is currently entering a phase II clinical trial for diabetic
nephropathy. Recently, attenuation of NOX4-dependent ROS
signaling and fibrosis by sodium hydrosulfide and nifedipine
(an L-type dihydropyridine calcium channel blocker) was
reported in rodent models of cardiac fibrosis [145, 146]. How-
ever, it remains to be determined whether these compounds
inhibit NOX4 in a specific and isoform-selective manner or
exert their effects via nonspecific and nonselective mecha-
nisms.

Given that the signaling potential of NOX4-derived ROS
is regulated by antioxidant systems, enhancing the activity
of ROS scavenging enzymes may represent an alternative
potential therapeutic strategy (Figure 3). Animal and human

clinical data clearly demonstrate that Se deficiency or supple-
mentation increases or reduces tumor incidence, respectively
[147–152]. In addition, however, serum Se levels have been
reported to be lower in patients with several different fibrotic
disorders, including systemic sclerosis, primary Raynaud’s
phenomenon, and oral submucous fibrosis [153, 154]. Unfor-
tunately, there are few studies investigating the potential
therapeutic benefit of Se supplementation in degenerative
fibrotic disease. Although proof-of-principle is provided by
reports that exogenous Se was shown to decrease hepatic
fibrosis in mice [155], Se deficiency promoted thyroid fibrosis
in a TGF𝛽-dependent manner in rats [156]. However, there
may be a potential increased risk of diabetes with Se supple-
mentation [157]; thus further studies are required to better
understand the biological effects of Se to allow its use in the
prevention and treatment of degenerative fibrotic disease.

Inhibitors of PDE5 are clinically approved for the treat-
ment of erectile dysfunction, pulmonary arterial hyperten-
sion, and BPH [113–115] and apparently have significant
efficacy in Raynaud’s phenomenon secondary to systemic
sclerosis [158, 159].The sGC stimulator riociguat significantly
improved primary and secondary endpoints in recently
presented phase III clinical trials in patients with pulmonary
arterial hypertension and chronic thromboembolic pul-
monary hypertension [160, 161]. Although the clinical devel-
opment of the heme-independent sGC activators cinaciguat
and ataciguat stopped in clinical phase II trials, the perspec-
tive to specifically activate oxidated, heme-free sGC gener-
ated by the influence of oxidative stress, seems very promising
of offering novel therapies for various disorders associated
with oxidative stress and several second-generation sGC
activators have been developed recently [162, 163].

Due to the presence of multiple NOX, PDE, and GC
isoforms, modulation of NOX4, PDE5, and/or sGC activities
may permit continued physiological H

2
O
2
andNO signaling.

In addition, the fact that these enzymes belong to multimem-
bered families may be clinically exploited to selectively target
tissue or disease-specific isoforms. For example, selective
targeting of PDE1A, that appears to play a critical role in
cardiac fibrosis, led to regression of cardiac remodeling in
rodents [164].

7. Conclusions

Fibrogenesis is widely considered the result of a dysregulated
wound healing response. In particular, failure of the wave
of myofibroblast apoptosis during wound healing combined
with an autocrine feed-forward loop of TGF𝛽 production
leads to the development and persistence of large numbers
of myofibroblasts, a hallmark of fibrotic disorders (Figure 1).
TGF𝛽 plays a key role in initiating myofibroblast differenti-
ation from diverse precursors, most importantly fibroblasts,
in a variety of organs and tissues. A large body of in vitro
and in vivo data indicates that TGF𝛽-induced myofibroblast
differentiation is driven via induction of NOX4-derived
ROS (Figure 2) and supported by the concomitant down-
regulation of Se-dependent ROS scavenging enzymes. The
resulting prooxidant shift in redox homeostasis modulates
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redox-sensitive signaling cascades leading to myofibroblast
differentiation (Figure 2). Interestingly, myofibroblast differ-
entiation appears to be subject to opposing regulation via
complex interplay between NOX4-derived H

2
O
2
and NO

signaling. Whilst TGF𝛽 and NOX4-derived H
2
O
2
attenuate

NO signaling by impairing NOS and sGC activities and
thus relieve inhibition of myofibroblast differentiation by
NO, enhancement of NO signaling prevents TGF𝛽-induced
myofibroblast differentiation (Figure 3). Moreover, targeting
NOX4 or enhancing NO signaling induces the dedifferen-
tiation/reversal of preexisting myofibroblasts to a quiescent
fibroblast phenotype and ameliorates fibrosis in vivo indicat-
ing that fibroblasts and myofibroblasts are interconvertible
phenotypes. Thus, pharmacological interference of these
redox signaling processes to restore the physiological fibrob-
last:myofibroblast ratio offers a promising strategy for the
treatment of fibrosis and degenerative fibrotic diseases. Ther-
apeutic intervention could be potentially achieved atmultiple
levels, for example, by (i) targeting NOX4 directly using spe-
cific inhibitors, (ii) indirectly inhibiting NOX4 using antiox-
idants or Se to scavenge ROS/H

2
O
2
, (iii) enhancing NO sig-

naling via NO-donors, stimulators/activators of sGC, and/or
(iv) preventing cGMP degradation using PDE inhibitors. It
is hoped that the recent findings summarized herein can be
applied and translated into effective therapeutic strategies for
the treatment of debilitating fibrotic disorders.
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Reactive oxygen species (ROS), traditionally viewed as toxic by-products that cause damage to biomolecules, now are clearly
recognized as key modulators in a variety of biological processes and pathological states. The development and regulation of the
cardiovascular system require orchestrated activities; Notch andWnt/𝛽-catenin signaling pathways are implicated in many aspects
of them, including cardiomyocytes and smoothmuscle cells survival, angiogenesis, progenitor cells recruitment and differentiation,
arteriovenous specification, vascular cell migration, and cardiac remodelling. Several novel findings regarding the role of ROS
in Notch and Wnt/𝛽-catenin modulation prompted us to review their emerging function in the cardiovascular system during
embryogenesis and postnatally.

1. Introduction
Cardiovascular disease is the number one cause of death
worldwide [1]. It has become clear that increases in reactive
oxygen species (O

2

−∙, H
2
O
2
, and ∙OH) represent a common

pathogenic mechanism for cardiovascular diseases including
atherosclerosis, hypertension, and congestive heart failure
[2].

In the last decade the scientific community clarified the
importance of low levels of ROS as key signaling molecules
in physiological functions such as the regulation of cell signa-
ling, proliferation, and differentiation [3]. Different authors
provided scientific evidences regarding a sequential and
direct link between Notch and Wnt signaling pathways in
tuning endothelial cells (ECs) and cardiomyocytes functions
and vascular morphogenesis [4].

The purpose of this review is to describe how ROS regu-
late Notch and Wnt pathways. Understanding the molecular
mechanism regulated by ROS could lead to the development
of new therapeutic approaches for cardiovascular diseases.

2. Role of ROS in Cardiovascular System
Vascular ROS formation can be stimulated by mechanical
stress, environmental factors, platelet-derived growth factor

(PDGF), angiotensin II (AngII), and low-density lipoproteins
[4–7]. Because many risk factors for coronary artery disease
such as hyperlipidemia, hypertension, diabetes, and smoking
increase production of ROS, it has been suggested that
changes in vessel redox state are a common pathway in the
pathogenesis of atherosclerosis [8–10].

A particularly important mechanism for ROS-mediated
cardiovascular disease appears to be via stimulation of pro-
inflammatory events [11]. These, in turn, cause endothelial
cell (ECs) dysfunction that predisposes to atherosclerosis
by augmenting thrombosis, inflammation, VSMC growth,
and lipid accumulation. The strongest data that link AngII,
oxidative stress, and ECs dysfunction are animal studies
in which rats were made hypertensive to ∼200mmHg by
infusion of either AngII or norepinephrine. ECs dysfunction
was observed only with AngII and correlated with increased
superoxide production by arteries [12]. Similar results were
obtained from the TREND and HOPE clinical studies which
demonstrated that inhibiting AngII restores ECs function
and decreases cardiovascular events [13, 14]. More recently,
Harrison’s lab has shown that AngII stimulates T cell inflam-
matory responses in a redox-dependent (NAD(P)Hoxidases)
manner that contributes to hypertension [15].
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It has been previously reported that, in response to ROS,
VSMC may secrete proteins that participate in autocrine/
paracrine growth [16].

ROS are produced at low levels prevalently as byproducts
of the mitochondrial electron transport chain and through
NAD(P)H oxidase family.They play a physiologically impor-
tant role in the regulation of various biological responses
such as cell migration, proliferation, gene expression, and
angiogenesis [17, 18].

NAD(P)H oxidase (Nox) enzymes are membrane-asso-
ciated enzymatic complexes and structural homologues of
phagocytic Nox (gp91phox/Nox2) and consist of both single
(Nox1–Nox5) and dual (Duox1 and Duox2) oxidases [19].
ROS are generated by an electron transport through the
membrane forming O

2

−∙ that can further disproportionate
forming hydrogen peroxide (H

2
O
2
) or, in presence of nitric

oxide (∙NO), creating peroxynitrite (ONOO–).
Nox2 and Nox4 are critical ROS-generating complexes in

ECs; they are activated by various stimulants and agonists, for
instance, VEGF. Nox1 isoform is more abundant in epithe-
lium, even if it was detected also in ECs and VSMCs [20].

VEGF stimulates ROS production fromNox2 that in turn
promotes VEGFR2 autophosphorylation through oxidation/
inhibition of phosphatase enzymes.The result is an enhance-
ment in cell proliferation, migration, and angiogenesis [21,
22].

Khatri et al. [23] have shown that vascular Nox2-derived
ROS promotes VEGF expression and neovascularization in
transgenicmice overexpressing p22phox, a binding partner of
Nox. Nox4 is more abundantly expressed compared to Nox2
in ECs. Recently, Datla et al. [24] reported that Nox4 small-
interference RNA (siRNA) inhibits VEGF-induced ECs mig-
ration and proliferation. Interestingly, Vallet et al. [25]
showed thatNox4 expression is upregulated during ischemia-
induced angiogenesis of mice. Gene knockout and overex-
pression studies on Nox4 suggest that Nox4-derived ROS
have vascular protective function [26].

Urao and Ushio-Fukai [27] demonstrated that hindlimb
ischemia increases Nox2-dependent ROS production in iso-
lated bone marrow-derived mononuclear cells (BM-MNCs)
and that postischemic neovascularization andmobilization of
BM cells (BMCs) are impaired in Nox2 knockout mice con-
cluding that Nox2-derived ROS regulate progenitor cell expa-
nsion and reparative mobilization in response to ischemia.

Furthermore, Nox1-dependent redox signaling pathway
modulates the phosphatase PTP-PEST/PTPN12, an impor-
tant regulator of endothelial cell migration and adhesion
[28]. In particular, Nox1-derived ROS were found to promote
intestinal mucosa wound repair by inactivating PTEN and
PTP-PEST, with consequent activation of focal adhesion
kinase (FAK) and paxillin [29].

3. Notch Signaling in
the Cardiovascular System

Notch pathway is a highly conserved signaling system that
controls cell fate decisions [30]. It is a short range com-
munication system between two adjacent cells based on a
ligand-activated receptor. In mammals there are four highly

homologous receptors (Notch 1, 2, 3, and 4) and five ligands
(Delta-like ligands 1, 3, and 4 and Jagged 1 and 2). Both
receptors and ligands are membrane-spanning proteins. Lig-
and binding induces a conformational change that allows the
first proteolytic cut by “A Disintegrin And Metalloprotease,”
ADAM (the principal involved are 10 and 17) [31] which
removes the extracellular portion of Notch and creates a
membrane-tethered intermediate that is a substrate for 𝛾-
secretase, a cleaving protease complex. 𝛾-secretase in turn
generates the active form of Notch (Notch intracellular frag-
ment, NIC) which translocates to the nucleus where it binds
the transcriptional factor CSL (CBF1, Suppressor of Hairless,
Lag-1) also known as recombinant signal binding protein 1 for
J𝜅 (RBP-J𝜅). Such NIC binding displaces repressor molecules
and promotes the recruitment of coactivator molecules. This
in turn activates the transcription of specific Notch target
genes such as Hes (hairy/enhancer of split), Hey (Hes-related
proteins), Nrarp (Notch-regulated andrin repeat protein),
cMyc, cyclin D1, and many other genes that control ECs
proliferation, differentiation, and apoptosis as well as stem
cells maintenance and angiogenesis [32].

Notch receptors 1, 2 as well as Jagged1, Delta-like ligand 1
and 4 (Dll1 and Dll4), are preferentially expressed in ECs and
have a key role in developmental and postnatal angiogenesis.
During early embryogenesis, Notch induces differentiation
of angioblasts to ECs, whereas at later stages it controls
specification of ECs into arterial and venous identity [33].
Mice embryos with single Notch1 or double mutations of
Notch1 and Notch4 display severe defects in vascular devel-
opment. In ECs, VEGF-A induces the formation of filopodia,
conferring the so-called tip cells phenotype. Tip cells promote
a line of angiogenesis while inhibiting branching by adjacent
cells (called static or stalk cells) which need to remain
angiogenically quiescent. VEGF-A promotes the expression
of Dll4 and Notch activation in human ECs, resulting in
downregulation of VEGFR2 in tip cells. Thus, this interplay
between Notch and VEGF-A regulates angiogenesis with
selective sprouting through the activation of the tip cells and
suppression of branching through activation of stalk cells.
Given its specificity in the regulation of angiogenesis, the
endothelial Dll4-mediated Notch signaling has been used
as target for intervention in induction of new arteries or
inhibition of tumor angiogenesis [34]. VEGFR3, the main
receptor for VEGF-C, is also strongly modulated by Notch.
Notch inhibition in mouse retina caused an increase in
protein levels of VEGFR3 while VEGFR2 levels were unaf-
fected showing that VEGFR2 and VEGFR3 are regulated in
a differential manner by Notch [35]. These data have added
a new player, VEGFR3, to the model used so far to describe
the molecular crosstalk between VEGF and Notch pathways
in angiogenesis.

In the context of sprouting angiogenesis, Notch signaling
regulates not only the frequency of sprouts but also their
ability to anastomose. Retinas of mice heterozygous for a
myeloid-specific Notch1 mutation were characterized by long
sprouts unable to anastomose and by lack of macrophages at
the edge of vascular branch points [36].

Several studies have recognized the central role of Notch-
mediated signaling also in cardiac development [37]. In
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cardiomyocytes, the expression of Notch is not constant over
time; it is high in embryonic and proliferating immature cells
but disappears when the cells lose the ability to proliferate
[38]. Nemir et al. observed that Notch signaling activation
inhibits cardiac progenitor cells (CPCs) differentiation into
cardiomyocytes [39]. The prolonged activation of Notch
in adult cardiomyocytes may have different consequences.
Campa et al. observed that in adult cardiomyocytes Notch
activation is associatedwith the block of cell cycle progression
and apoptosis, suggesting that a prolonged and uncontrolled
activation of Notch can be fatal for these cells [40].

4. Wnt/𝛽-Catenin Signaling in
Cardiovascular System

Notch signaling modulates endothelial homeostasis by
crosstalking with other signaling pathways such as receptor
tyrosine kinases (i.e., VEGFR2) [41–43] and estrogen receptor
[41, 44]. Crosstalk between Notch and Wnt has also been
described [41, 45–47]. The Wnt signaling pathway, also
called Wnt/𝛽-catenin signaling, plays a key role in vascular
biology [45, 48]. Mice deficient for Wnt2 displayed vascular
abnormalities including defective placental vasculature [49].
Knock-out mice for the Wnt receptor gene, Frizzled5, died
in utero due to defects in yolk sac angiogenesis [50]. Defects
of the 𝛽-catenin gene in ECs caused aberrant vascular
patterning and increased vascular fragility [51].

The canonical Wnt signaling pathway is driven by 𝛽-
catenin, a scaffold protein, linking the cytoplasmic tail of
classical cadherins in the endothelium (vascular endothe-
lial (VE) cadherin and N-cadherin) via 𝛼-catenin to the
actin cytoskeleton. Without Wnt stimulation, cytoplasmic 𝛽-
catenin levels are kept low by a degradation complex, con-
sisting of Axin, Adenomatous polyposis coli (APC), Casein
kinase1a (CK1a), and Glycogen synthase kinase 3-𝛽 (GSK3-
𝛽). Binding of Wnt to its receptors Frizzled and lipoprotein
receptor-related protein (LRP) leads to inhibition of the
degradation complex function, enabling 𝛽-catenin signaling.
Wnt allows 𝛽-catenin to accumulate and translocate to the
nucleus where it binds to several transcription factors, for
example, T-cell factor (TCF) and LEF-1 [52, 53].

Dishevelled (Dvl) is an essential adaptor protein for Wnt
signaling that interacts with several molecules, including
Axin, inactivating the 𝛽-catenin degradation complex [49–
52]. Dvl has a dual role: it is an activator of downstreamWnt
signaling and an inhibitor of Notch activity.Thus Dv1 is a key
regulator of cell-fate decisions in which Wnt and Notch have
opposing effects [54].

ThenoncanonicalWnt pathway can be categorized largely
into two classes, the Wnt/Ca2+ and Wnt/planar cell polarity
(PCP) pathways. The Wnt/Ca2+ pathway, mediated by G-
protein signaling, stimulates the release of intracellular Ca2+
and activation of Ca2+-sensitive kinases, such as the protein
kinase C and Ca2+-calmodulin kinase II. PKC is a family of
Ca2+-dependent and Ca2+-independent isoforms that have
different distributions in various blood vessels, and individual
members can have different roles in a plethora of biological
and pathological events [54–56]. The PCP pathway, also

referred to as theWnt/Jun-N-terminal kinase (JNK) pathway,
was originally identified as a pathway affecting cytoskeletal
reorganization [57]. This pathway activates small GTPases,
including RhoA, Rac, Cdc42, and JNK.

5. Crosstalk of Notch and Wnt/𝛽-Catenin
Signaling Pathways

Notch and Wnt signaling pathways can have opposing
effects on cell-fate decisions with each pathway promoting
an alternate outcome. For example, in both the skin and
mammary gland,Wnt signaling promotes themaintenance of
the stem cell fate whereas Notch signaling promotes lineage
commitment and differentiation [54, 58–60]. In this case,
the inhibition of Notch signaling would help to maintain
the stem cell population. The Notch and Wnt pathways also
have opposing effects at later steps within a cell lineage.
For example, Notch and Wnt signaling influence terminal
differentiation within the intestinal epithelium, with Notch
activity biasing cells towards the absorptive fate and Wnt
signaling favouring secretory cell differentiation [61–64].
Wnt pathway activation promotes neuronal differentiation
and inhibits Notch signaling of primary human glioblastoma
multiforme- (GBM-) derived cells [65].

Disregulation of Wnt-Notch signaling crosstalk alters
early vascular development. Corada et al. [66] found that
endothelial-specific early and sustained stabilization of
Wnt/𝛽-catenin induces activation of the Notch pathway by
increasing the transcription of Dll4. This, in turn, prevents
a correct endothelial cell differentiation, altering vascu-
lar remodeling and arteriovenous specification. Sustained
Wnt/𝛽-catenin signaling increases Dll4 in tumor vessels and
induces Notch signaling that mediates a reduced angiogenic
response and normalizes tumor vasculature [67]. Overex-
pression of Wnt/𝛽-catenin signaling leads to alterations of
vascular morphology by inhibiting angiogenesis, through
stimulation of Dll4/Notch signaling. These effects of 𝛽-
catenin were detectable only during embryonic vasculogene-
sis and angiogenesis but were lost at late stage of development
or postnatally [68].

Yamamizu et al. [69] investigated signal transduction
events downstream of the cAMP pathway in embryonic
stem cells (ESCs) differentiation and demonstrated that
simultaneous activation ofNotch and𝛽-catenin signaling can
constructively reproduce the induction processes of arterial
ECs from vascular progenitors expressing VEGFR2 through
the formation of an arterial-specific protein complex. In
particular these authors reported that RBP-Jk, NICD, and
𝛽-catenin formed a protein complex that promoted the
transcription of genes specifically expressed in arterial but
not venous districts in ESCs both in vitro and in vivo.
Moreover, dual induction of NICD and 𝛽-catenin enhanced
promoter activity of Notch target genes in vitro (Dll4, Hes1,
and EphrinB2) and arterial gene expression during in vivo
angiogenesis in adult mice.

The finding that a baseline level ofWnt andNotch activity
can be detected during vascular development [70–74] and
angiogenesis [67] suggests a mechanism in which the level of
Wnt and Notch signaling is tightly balanced, that is, through
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inhibition of Notch/CSL by Dvl [54], and crucial for proper
vascular development.

Wnt signaling has been identified as a downstream target
of Notch1 that regulates expression of cardiac transcrip-
tion factors during mouse cardiogenesis and is essential
for cardiac development facilitating transcription of target
genes involved in cell fate regulation [75, 76]. Kwon et al.
[77] recently demonstrated that Notch1 antagonizes Wnt/𝛽-
catenin signaling by reducing levels of active 𝛽-catenin in
CPCs.

Crosstalk between Notch and Wnt pathways may be par-
tiallymediated by specific regulation of GSK3-𝛽, amultifunc-
tional kinase that regulates many cellular processes including
proliferation, differentiation, and apoptosis [78]. GSK3-𝛽 is
constitutively active in resting cells and is negatively regulated
in response to external stimuli by phosphorylation on serine
via activation of several kinases, including Akt and protein
kinase C (PKC) [78]. Endoplasmic reticulum (ER) stress
signaling through activation of GSK3𝛽 is involved in a
mechanism of accelerated atherosclerosis in hyperglycemic,
hyperhomocysteinemic, and high-fat-fed apolipoprotein E-
deficient (apoE(−/−)) mouse models; McAlpine et al. showed
that atherosclerosis can be attenuated by promoting GSK3𝛽
phosphorylation [79]. In diabetes mellitus, increased basal
GSK3𝛽 activity contributes to accelerated EPC cellular senes-
cence, effect reversed by small molecule antagonism of
GSK3𝛽which enhances cell-based therapy following vascular
injury [80].

GSK3-𝛽 directly binds to Notch and inhibits transcrip-
tional activation of different Notch target genes [81–83]. Acti-
vatedGSK3-𝛽 reducedNICDdegradation by the proteasome,
while lowGSK3-𝛽 activity and highNotch signaling correlate
with the highly proliferative, undifferentiated nature of EPCs
[82]. Phosphorylation of Notch2 byGSK3-𝛽 is reversed in the
presence of Wnt1, resulting in the upregulation of Hes1 [81].

Integrin signaling is linked to Wnt signaling. Rallis et al.
showed that, in vitro, Integrin-Linked Kinase (ILK) could
phosphorylate GSK3-𝛽 and, in turn, activate Wnt signaling.
ILK can also activate Notch signaling. Therefore, the pho-
sphorylation of GSK3-𝛽 via ILK directs Wnt and, thereby,
Notch signaling activation [84].

On the other hand a recent report [85] showed that
GSK3-𝛽 positively regulates the activity of Notch1 and 3 in
VSMCs. Ectopic expression of GSK3-𝛽 in VSMCs increased
NICD levels, promoted CBF-1/RBP-J𝜅 transactivation, and
enhanced Notch target genes expression. Coincidentally,
inhibition of GSK3-𝛽 activity using a pharmacological
inhibitor or reduction inGSK3-𝛽 levels by siRNAknockdown
resulted in attenuation of Notch activity.

6. Could ROS Modulate Notch and Wnt/𝛽-
Catenin Signaling Pathways?

Studies conducted in the last several years have provided clear
evidences that both Notch and Wnt/𝛽-catenin pathways are
regulated at least in part by Nox-derived ROS [86, 87].

Stretch-induced mechanotransduction in VSMCs is
known to be regulated by redox signaling initiated by

stretch-induced activation of Nox and consequently incre-
ased ROS level [88, 89]. In response to stretch, ROS, in
particular H

2
O
2
, contribute to the activation of arteriolar

myogenic response, contraction, and reorientation, through
p38 MAPK signaling activation in VSMCs [90–92]. Zhu
et al. [93] showed that cyclic, uniaxial stretch of human
VSMCs increased Nox derived-ROS formation and Notch3
activation. Catalase, an antioxidant enzyme that degrades
H
2
O
2
, prevented the stretch-induced translocation of Notch3

to the nucleus, increased Hes1 expression, and decreased
Notch3 extracellular domain.

In bonemarrow-derivedmesenchymal stem cells Boopa-
thy et al. [94] observed upregulation of Notch1 and car-
diogenic gene expression involving Wnt11 after a myocar-
dial infarction, which induced increased level of H

2
O
2
.

These results are in line with other authors: an increase in
Wnt11 expression after oxidative stress injury induced cardio-
myogenic differentiation of ESCs and mouse bone marrow
mononuclear cells [95].

H
2
O
2
decreases the amount of nuclear 𝛽-catenin and

TCF/LEF-dependent transcription in human embryonic kid-
ney cells. Overexpression of Dvl1 abrogated H

2
O
2
-induced

downregulation of𝛽-catenin suggesting thatH
2
O
2
negatively

modulates Wnt signaling pathway through downregulation
of 𝛽-catenin [96]. A recent study by Funato et al. [87, 97] ide-
ntified a thioredoxin-related protein, nucleoredoxin (NRX)
as a redox sensitive negative regulator of the canonical Wnt
signaling through its interaction with Dvl. NRX usually
interacts with Dvl but ROS cause dissociation of NRX from
Dvl and enable Dvl to activate the downstreamWnt signaling
pathway. FurthermoreKajla et al. [98] demonstrated thatWnt
treatment of mouse intestinal cells induced ROS production
through Nox1 via activation of the Rac1 guanine nucleotide
exchange factor Vav2. Nox1-generated ROS oxidize and
inactivate NRX, thereby releasing the NRX-dependent sup-
pression of Wnt/𝛽-catenin signaling through dissociation of
NRX from Dvl. Nox1 siRNA inhibits cell response to Wnt,
including stabilization of 𝛽-catenin, expression of cyclin D1,
and c-Myc via the TCF transcription factor.

Msx2, a profibrotic, proosteogenic transcription factor
upregulates the expression of multiple Wnt ligands during
angiogenesis [99] and enhances aortic canonical Wnt sig-
naling [100]. Msx2-Wnt signaling pathways are induced by
tumor necrosis factor 𝛼 (TNF𝛼) in arterial myofibroblast via
tumor necrosis factor receptor 1 (TNFR1). In vitro and in vivo
gene expression studies established that Nox/mitochondria-
derived ROS inhibition reduces Msx2 induction by TNF𝛼.
Wnt7b as well as 𝛽-catenin levels were also reduced, sug-
gesting that ROS metabolism contributes to TNF𝛼 induction
of Msx2 and Wnt signaling in myofibroblasts via TNFR1
[101].

APC mutation causes Wnt signaling activation and is
commonly found in colorectal cancer [102]. Myant et al.
[103] showed that activation of Rac1, a component of Nox
protein complex, is required for Wnt-driven intestinal stem
cell transformation through ROS production and NF-𝜅B
activation. Accordingly, increased ROS might contribute to
tumorigenesis by activating specific signaling pathways in
different cell types [104], one of which is Wnt signaling.
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The cardioprotective effect of ischemic preconditioning
(IPC) is abolished by overexpression of secreted frizzled
protein 1 (sFRP1), an antagonist of theWnt/Frizzled pathway,
and this effect is related to the ability of sFRP1 to decrease the
phosphorylation/inhibition of GSK3-𝛽 [105]. Cardioprotec-
tion involves a link between the mTOR prosurvival pathway
and theWnt pathway via ROS that promote activation of Akt
and inhibition of GSK3-𝛽.The disruption of theWnt pathway
modulates this loop and induces GSK3-𝛽 activation [106].

Coant et al. [86] reported that direct or indirect redox
modulation of the PI3K/Akt and Wnt signaling pathways by
Nox1 results in phosphorylation/inhibition of GSK3-𝛽 and
𝛽-catenin translocation into the nucleus as well as Notch1
activation. They show that loss of Nox1 results in increased
PTEN activity that in turn inhibits Akt signaling pathway, as
well as Wnt/𝛽-catenin and Notch1 signaling. As previously
discussed, GSK3-𝛽 is an important mediator of Notch-Wnt
crosstalk; therefore, it could be a key player by which ROS
regulate both pathways.

Taken together these results suggest that redox-depe-
ndent regulation ofNotch andWnt/𝛽-catenin signaling could
provide further insight into their involvement in vascular
biology.

7. Conclusion and Future Perspectives

ROS have long been deemed as noxious molecules in
cardiovascular diseases, including systemic and pulmonary
hypertension, atherosclerosis, cardiac hypertrophy, and heart
failure. With years of efforts, ROS are becoming increasingly
recognized as important modulator for a variety of biological
functions and pathophysiological states. Recent evidences
suggest an even more significant role of ROS: Notch and
Wnt/𝛽-catenin signaling modulation. A clear distinction
between Notch and Wnt responses is vital for appropriate
and robust cell-fate decisions, and ROS modulation of these
signaling pathways would provide clues for clinical strategies
and drug discovery targeting cardiovascular diseases and
cancer.

Above we have discussed how ROS modulation of
Notch and Wnt signaling regulates vascular development
in different aspects, including stem cells differentiation,
angiogenesis, VEGF signaling, endothelial as well as cardiac
progenitor cells recruitment, and vascular cell migration.
Nonetheless, more details regarding the ROS signaling and
pathophysiological functions remain to be elucidated. A
deeper insight into the mechanism of how ROS affect normal
vascular development, especially CPCs, VSMCs, and ECs
differentiation from stem cells, could contribute to a brighter
future for regenerative medicine in cardiovascular therapies.
Factors that selectively control ROSmodulation of Notch and
Wnt/𝛽-catenin signaling pathways could have therapeutic
effects repressing angiogenesis in tumours or favouring it in
ischemic tissues.
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The underlying mechanism in postmenopausal osteoporosis (PO) is an imbalance between bone resorption and formation. This
study was conducted to investigate whether oxidative stress (OxS) might have a role in this derangement of bone homeostasis. In a
sample of 167 postmenopausal women, we found that increased serum levels of a lipid peroxidation marker, hydroperoxides, were
negatively and independently associated with decreased bone mineral density (BMD) in total body (𝑟 = −0.192, 𝑃 < 0.05), lumbar
spine (𝑟 = −0.282, 𝑃 < 0.01), and total hip (𝑟 = −0.282, 𝑃 < 0.05), as well as with increased bone resorption rate (𝑟 = 0.233,
𝑃 < 0.05), as assessed by the serum concentration of C-terminal telopeptide of type I collagen (CTX-1). On the contrary, the
OxS marker failed to be correlated with the serum levels of bone-specific alkaline phosphatase (BAP), that is, elective marker of
bone formation. Importantly, multiple regression analysis revealed that hydroperoxides is a determinant factor for the statistical
association between lumbar spine BMD and CTX-1 levels. Taken together, our data suggest that OxS might mediate, by enhancing
bone resorption, the uncoupling of bone turnover that underlies PO development.

1. Introduction

Bone is a dynamic organ that undergoes continuous remodel-
ing by the coordinated, and balanced, resorption and forma-
tion activities of, respectively, osteoclasts and osteoblasts [1].
The estrogen decline occurring in women after menopause
frequently leads to a derangement of this homeostasis, with
an increase of bone turnover rate and a state where resorption
exceeds formation [2, 3]. These metabolic changes underlie
the onset of postmenopausal osteoporosis (PO), a progressive
disease characterized by low bone mass density (BMD), that
predispose patients to an increased skeleton fragility and risk
of fracture [2, 3]. Consistently, the in vivo determination
of bone turnover is currently regarded as a helpful tool

for the prediction of osteoporotic fractures and, mainly, for
the monitoring of therapeutic efficacy [4]. Indeed, there
are bone turnover markers that, reflecting the whole-body
rates of either bone resorption or formation, provide reliable
information regarding the health state of this tissue [4, 5].

In spite of the remarkable progresses achieved in the
understanding of how estrogen deficiency induces PO, the
underlying pathogenic mechanisms have been found to be
complex and multifaceted [2]. One of the most intriguing
hypothesis at this regard considers the ability of these sexual
hormones to protect bone against oxidative stress (OxS) by
acting as antioxidant [6]. In vitro and animal experiments,
indeed, showed that estrogen withdrawal alters the genera-
tion of reactive oxygen species (ROS) and the antioxidant
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defense capacity of the cell [7], leading to an accumulation
of these oxidant species, which, in turn, are able to stimulate
osteoclast formation and resorption activity [8, 9].

This challenging body of evidence prompted us to inves-
tigate whether, also in vivo, OxS might be an influencing
factor for the bone turnover impairment underlying PO
development. To address this issue we evaluated a panel of
distinct indicators of systemic OxS, along with marker of
bone formation (bone-specific alkaline phosphatase, BAP)
and resorption (C-terminal telopeptide of type I collagen,
CTX-1) in a large population sample, including healthy,
osteopenic and osteoporotic, postmenopausal women.

2. Materials and Methods

2.1. Subjects. Thesubjects examined in the present studywere
recruited among women undergoing bone densitometry
evaluation at the Menopause and Osteoporosis Centre
(MOC) of University of Ferrara (Ferrara, Italy). This study
was carried out in accordance with the Declaration of
Helsinki (World Medical Association, http://www.wma.net/)
and the guidelines for Good Clinical Practice (European
Medicines Agency, http://www.ema.europa.eu/) and it was
approved by the Human research ethics committee of the
University. Inclusion criteria were women in postmenopausal
status, which was defined as cessation of menses for at least 1
year in accordance with the recent ReSTAGE’s modification
of the Stages of Reproductive Aging Workshop (STRAW)
staging criteria [10]. Postmenopausal status was also checked
by the assessment of follicle-stimulating hormone (FSH) and
17-𝛽 estradiol (E2) blood levels. According to a priori defined
exclusion criteria, we excluded from the study those women
who, while the study was being carried out, were using
supplements containing the most common antioxidants such
as vitamins E, C, and A, beta-carotene, and selenium or
following vegetarian or vegan diet; drinking more than
20 g/day of alcohol; either affected by chronic diseases such
as diabetes, malabsorption, and cardiovascular disease (CVD)
or not diagnosed with a chronic disease, but taking medica-
tions (antiobesity medications, thyroid hormones, diuretics,
antihypertensives, and anticholesterol drugs); undergoing
hormone replacement therapy.

One hundred sixty-seven subjects were found to be eligi-
ble and were enrolled in the study after signing an informed
consent. Each of these women underwent the measurement
of body weight, standing height, and waist circumference
by trained personnel. Fresh blood (7mL) was drawn into
Vacutainer tubes without anticoagulant by venipuncture after
an overnight fast. After 30 minutes of incubation at room
temperature, blood samples were centrifuged (4.650 g for
20min), and the obtained sera were stored at −80∘C until
analysis.

2.2. Biochemical Assays. All the following assays were per-
formed on serum samples using Tecan Sunrise-96 well
microplate spectrophotometer (Tecan group Ltd., UK).

The levels of hydroperoxides were evaluated by colori-
metric assay based on the reaction between these lipid per-
oxidation by-products and the chromogenic compound, that
is, N,N-diethyl-para-phenylendiamine (from Sigma-Aldrich,
St. Louis, MO, USA) [11–13]. Briefly, for each subject, 5𝜇L of
serumor standard (H

2
O
2
) was added to a solution containing

190 𝜇L of acetate buffer (pH 4.8) and 5 𝜇L of chromogen
(0.0028M).The solutionwas incubated at 37∘C and then read
for optical density after 1 and 4minutes.The concentration of
hydroperoxides was obtained by the average ΔA

505
/min and

expressed as Carratelli Units (CU), where 1 CU corresponds
to 0.023mM of H

2
O
2
[11, 12].

The concentration of advanced oxidation protein prod-
ucts (AOPP) was quantified as previously reported [14], with
minor modifications. The AOPP assay includes a sample
preparation procedure to precipitate triglicerides (3.000 g
for 10 minutes in the presence of 25mM/L MgCl

2
and

0.5mM/L phosphotungstic acid) which strongly interfere
with the determination of the marker [14]. Subsequently,
30 𝜇L of supernatant serum (or the standard chloramine-T)
was diluted 1 : 5 in phosphate-buffered saline. This solution
was added into each well and mixed with 10 𝜇L of 1.16M
potassium iodide and 20𝜇L of glacial acetic acid to each well.
AOPP were measured at 340 nm and expressed as 𝜇mol/L of
chloramine-T (Sigma-Aldrich) equivalents [14].

The measurement of paraoxonase-1 (PON-1) basal activ-
ity was performed as described elsewhere [15]. After addition
of 10 𝜇L of 3.3mmol/L paraoxon (Sigma-Aldrich) to the assay
mixture containing 5 𝜇L of serum and 2mmol/L CaCl

2
(in

100mmol/L Tris/buffer, pH 8), to reach a final volume of
200𝜇L, the formation of p-nitrophenol was monitored at
412 nm for 3min. PON-1 basal activity was expressed as
U/mL, where one unit is equivalent to 1 nmol of paraoxon
hydrolysed/minute/mL.

Total concentration of thiolswas determined by the color-
imetric 5,5-Dithiobis(2-nitrobenzoic acid)- (DTNB-) based
assay described by Hu [16]. Serum (20𝜇L), or standard (cys-
teine), was mixed with 160 𝜇L of 0.2M Na

2
HPO
4
and 2mM

EDTA at pH 8.0 into each well. The absorbance was deter-
mined at 405 nm, and 20 𝜇L of 10mM DTNB (Sigma-Ald-
rich) in methanol was added to the sample. The absorbance
obtained before the addition of DTNB was subtracted from
that obtained after incubation with the chromogen. The
concentration of thiol groups was expressed as 𝜇moles/L.

The total concentration of nonenzymatic antioxidants
(such as uric acid, ascorbic acid, and 𝛼-tocopherol) was
determined by Ferric Reduction Antioxidant Power (FRAP)
assay [17] with slight modifications [18]. FRAP method
measures the ability of water- and fat-soluble antioxidants
to reduce ferric-tripyridyltriazine (Fe3+-TPTZ) to the ferrous
form (Fe2+) which absorbs at 593 nm. Briefly, acetate buffer
(pH 3.6), TPTZ (10mM), and FeCl

3
(20mM) were mixed in

the ratio 10 : 1 : 1 to give the working solution. Serum (10 𝜇L),
or standard (FeSO

4
), was added to 190 𝜇L of this solution.The

reactionmixture was then incubated at room temperature for
6 minutes and the absorbance value was recorded at 595 nm.
The results of this assay were expressed as FRAP units, where
1 FRAP unit corresponds to 100 𝜇moles/L of Fe3+ reduced to
Fe2+ in 6 minutes.
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Levels of ceruloplasmin (expressed as 𝜇g/mL) were
measured by quantitative competitive sandwich ELISA
(AssayPro, St Charles, USA) according to the manufacturer’s
guidelines.

The measurement of BAP and CTX-1 concentration were
performed using OCTEIA Ostase BAP immunoenzymomet-
ric assay and ß Cross-Laps Siero (CTx I), respectively, (both
kits were from Immunodiagnostic Systems Ltd., Boldon,
Tyne and Wear, UK) according to the manufacturer’s guide-
lines.

Concentrations of E2 and FSH were determined by
conventional chemiluminescent microparticle immunoassay
using the commercial kits Architect Estradiol and Archi-
tect FSH from Abbot Laboratories (Abbott Park, IL, USA),
respectively, according to the manufacturer’s guidelines.

2.3. Bone Densitometry Assessment. Areal bone density was
assessed at lumbar spine, hip, and total body by Discovery
dual energy X-ray absorptiometry scanner (Hologic Inc,
Bedford, MA). Postmenopausal osteoporosis was diagnosed
when BMD T-score (the number of standard deviations
below the average for a young adult at peak bone density) was
lower than 2.5 standard deviations from BMD peak at either
femoral neck or lumbar spine, according to WHO guidelines
[19]. In accordancewith these criteria, womenwithT-score at
either skeleton area between −2.5 and −1.0 were classified as
osteopenic and those with a value higher than−1.0 as normal.

2.4. Statistical Analysis. Data were analyzed using SPSS
18.0 for Windows (IBM, Chicago, IL, USA). Continuous
variables were first analyzed for the normal distribution
by the Kolmogorov-Smirnov and the Shapiro-Wilkinson
test. Because the distribution of lumbar spine and neck
BMD, CTX-1, hydroperoxides, AOPP, and thiols were highly
skewed,we used their base-10 logarithm values as the outcome
variables. One-way analysis of variance (ANOVA) and of
covariance (ANCOVA) for unequal variances (implemented
with Bonferroni post hoc test to compare two groups at a
time) were used to evaluate the difference between sample
groups before and after adjustment for confounding factors,
respectively. Preliminary multiple regression analyses were
performed to evaluate the possibility of collinearity problem
among variables to include as covariates in multivariate
analysis. Values of variance inflation factor (VIF) above 2.5
were regarded as indicative of multicollinearity. After this
analysis, body mass index (BMI) was not included in the
covariates set, because of its collinearity with waist circum-
ference and of its weaker correlation with the variables of
interest. Finally, univariate (by Pearson’s correlation test) and
multivariate (by partial correlation or multiple regression)
analyses were performed to check the associations between
continuous variables. A two-tailed probability value <0.05
was considered statistically significant.

3. Results

The characteristics of the 167 postmenopausal women
enrolled in the present study are shown in Table 1. Women

with PO were significantly (𝑃 < 0.01) older compared to
those included in the other two study groups. Osteopenic and
osteoporotic women presented lower mean values of years
sincemenopause, BMI, andwaist circumference compared to
the healthy (𝑃 < 0.05 for all). On the contrary, frequency of
smokers and serum levels of E2 and FSH did not significantly
vary across the groups. By definition, total, neck, and lumbar
spine BMD, as well as the correspondentT-score values, were
significantly (𝑃 < 0.01) higher in healthy with respect to
osteopenic and osteoporotic women. Finally, the levels of
CTX-1 and BAP were not different among the groups.

As shown in Table 2, there were no significant differences
in serum levels of OxS markers among the groups. However,
osteopenia and osteoporosis appeared to be associated with
a worse oxidative balance. Indeed, compared to healthy
women, those affected by these two conditions presented
higher levels of the lipid oxidative damage marker, hydroper-
oxides, and lower levels of total antioxidant power and
ceruloplasmin.

The possible association of OxS markers with levels of
BMD and bone markers was initially checked by univariate
analysis. Among the serum indicators of OxS considered in
our study, only hydroperoxides showed significant associa-
tions with the parameters we used to evaluate bone health. In
specific, this marker was found to be significantly associated
with BMD at lumbar spine (𝑃 < 0.01), total body BMD (𝑃 <
0.05), and CTX-1 (𝑃 < 0.05) (Figures 1(a), 1(b), and 1(c), and
Table 3). Moreover, these correlations remained significant
after adjusting for potential confounding factors such as age,
years since menopause, smoking, and waist circumference.
Actually, as shown in Table 3, the strengths of themultivariate
correlations between the OxS marker and the biochemical
and densitometric bone parameters appeared to be stronger
than the respective univariate. This effect was more evident
for the correlation between hydroperoxides and total hip
BMD that resulted to be significant (𝑃 < 0.05) only in the
multivariate analysis.

Since higher levels of CTX-1 and hydroperoxides were
found to be predictors of lower lumbar spine BMD, multiple
regression analyses were run to unveil whether these asso-
ciations were independent to each other. To this aim, three
separate multiple regression models were performed, where
each one included age, years since menopause, smoking,
and waist circumference plus the following: hydroperoxides
(model 1), CTX-1 (model 2), and hydroperoxides and CTX-
1 (model 3). As displayed in Table 4, the correlation between
hydroperoxides and lumbar spine BMD was significant (𝑃 <
0.01) regardless of the presence of CTX-1 among the covari-
ates. On the contrary, the association between CTX-1 and
lumbar spine BMD did not persist when the OxS marker was
included in the multivariate model.

4. Discussion

The widely accepted concept of OxS as a condition that is
mutually correlated with aging [20, 21] has represented the
rationale of several studies on the link between accumulation
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Table 1: Principal characteristics of healthy, osteopenic, and osteoporotic postmenopausal women.

Healthy (𝑛 = 38) Osteopenia (𝑛 = 73) Osteoporosis (𝑛 = 56)
Age, years 53.7 ± 4.6 55.6 ± 4.5 58.4 ± 4.3a,b

Years since menopause, years 7.4 ± 0.8 7.0 ± 0.8a 6.9 ± 0.7a

BMI, kg/m2 26.4 ± 4.1 24.4 ± 2.9a 24.2 ± 3.2a

Waist circumference, cm 89.3 ± 9.6 84.0 ± 9.2a 83.1 ± 8.4a

Smoking, % 17.8 14.7 12.9
E2, pg/mL 21.1 ± 7.1 12.9 ± 1.8 13.8 ± 2.6
FSH, mIU/mL 72.1 ± 7.2 85.2± 4.2 79.2 ± 5.2
DXA parameters

Lumbar spine BMD, g/cm2 1.04 ± 0.09 0.88 ± 0.09a 0.75 ± 0.08a,b

Lumbar spine 𝑇-score −0.09 ± 0.77 −1.46 ± 0.73a −2.77 ± 0.70a,b

Femoral neck BMD, g/cm2 0.81 ± 0.06 0.69 ± 0.06a 0.62 ± 0.08a,b

Femoral neck 𝑇-score −0.28 ± 0.59 −1.39 ± 0.6 a
−2.06 ± 0.74a,b

Total hip BMD, g/cm2 0.90 ± 0.06 0.81 ± 0.07a 0.62 ± 0.07a,b

Total hip 𝑇-score −0.21 ± 0.51 −1.04 ± 0.66a −1.72 ± 0.62a,b

Total body BMD, g/cm2 1.09 ± 0.16 1.05 ± 0.07a 0.95 ± 0.07a,b

Total 𝑇-score 0.35 ± 0.99 −0.67 ± 0.68a −1.60 ± 0.74a,b

Bone markers
CTX-1, ng/mL 0.60 ± 0.21 0.66 ± 0.39 0.67 ± 0.40
BAP, 𝜇g/L 27.7 ± 2.7 25.7 ± 1.2 25.1 ± 1.7

Data presented are expressed as % within the group for categorical and mean ± standard deviations for continuous variables.
aP < 0.05 versus healthy; bP < 0.05 versus osteopenia.
Abbreviations: BMI: body mass index; E2: estradiol; FSH: follicle stimulating hormones; BMD: bone mass density; CTX-1: C-terminal telopeptide of type I
collagen; BAP: bone-specific alkaline phosphatase.

Table 2: OxS markers mean levels in healthy, osteopenic, and osteoporotic postmenopausal women.

Healthy (𝑛 = 38) Osteopenia (𝑛 = 73) Osteoporosis (𝑛 = 56)
Hydroperoxides (CU) 349.3 ± 12.3 352.7 ± 11.7 370.6 ± 10.8
AOPP (𝜇moles/L) 82.1 ± 8.8 76.6 ± 2.9 87.4 ± 7.6
Thiols (𝜇moles/L) 225.9 ± 13.9 215.2 ± 12.7 225.0 ± 17.3
Total antioxidant power (FRAP units) 734.1 ± 28.2 675.7 ± 15.7 697.2 ± 21.6
PON-1 (U/mL) 134.1 ± 9.2 138.2 ± 9.3 122.1 ± 12.2
Ceruloplasmin (mg/dL) 52.6 ± 6.7 49.2 ± 4.0 45.9 ± 5.1
Data presented are expressed as mean ± standard errors for continuous variables.
Abbreviations: AOPP: advanced oxidation protein products; CU: Carratelli Units; FRAP: Ferric reduction antioxidant capacity; PON-1: paroxonase-1.

of oxidative damage to biomolecules and the onset of PO
[6, 22, 23]. Actually, although PO is a common disease of
the elderly, its main initiating factor is the menopause-related
estrogen decline rather than the aging [3]. It is widely accepted,
indeed, that these sexual hormones can protect women
against bone loss during the reproductive age [2, 3]. Several
lines of evidence suggest that one of the mechanisms adopted
by estrogens to accomplish this aim consists of contrasting
the, supposed deleterious action of ROS against bone health
[2, 6–8]. The data in support of the interplay between OxS
and PO onset have been mostly obtained from in vitro and
animal experiments, which, overall, suggest a potential role
of reactive species in uncoupling bone turnover [7, 8, 23].
However, the definitive consensus on the involvement of OxS
in the derangement of bone homeostasis is still lacking, due
to the controversial results of the few in vivo human studies
so far conducted.

The present cross-sectional population-based study
shows that PO and osteopenia are not associated with an
evident impairment of systemic oxidative balance. Indeed,
the observed trend of oxidative damage (hydroperoxides and
AOPP) and antioxidant defence (thiols, total antioxidant
power, PON-1, and ceruloplasmin) markers to increase
and decrease, respectively, in subjects affected by these
two conditions was not statistically significant. On the
other hand, high levels of one of the markers examined,
hydroperoxides, were significantly, and independently of
potential confounding factors, associated with low BMD
in two districts of skeleton, total hip, and lumbar spine,
that are highly susceptible to PO-related fractures. These
outcomes were in line with the previous few studies involving
a homogenous postmenopausal female population [23–25]
as ours, but also more heterogeneous populations of men
and women [26, 27] or only of men [28].The aforementioned
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Figure 1: Scatterplots of the relationship between hydroperoxides and lumbar spine BMD (a), total body BMD (b), and CTX-1 (c) in the total
sample (𝑛 = 167). Abbreviations: BMD: bone mass density; CTX-1: C-terminal telopeptide of type I collagen.

Table 3: Simple and partial correlation coefficients for the association of hydroperoxides with total, lumbar spine, and total hip BMD, as well
as CTX-1 in the total sample (𝑛 = 167).

Simple correlation (𝑟) Partial correlation (𝑟)
Lumbar spine BMD −0.225b −0.282b

Total hip BMD −0.120 −0.208a

Total body BMD −0.180a −0.192a

CTX-1 0.197a 0.233a
aP < 0.05, bP < 0.01.
Adjusting variables for partial correlation: age, years since menopause, smoking, and waist circumference.
Abbreviations: BMD: bone mass density; CTX-1: C-terminal telopeptide of type I collage.

negative correlation between hydroperoxides and BMD was
not reflected in a significant increase of this marker in PO
patients most probably because the diagnosis of this bone
disease is conventionally based upon T-score, a parameter
that is statistically derived from BMD, that, indeed, was
not found to be associated with hydroperoxides. Moreover,
detectable alterations in circulatory levels of OxS markers
are mainly associated with diseases, where, differently from
PO, there is an intense tissue damage with consequent
release of prooxidant metal ions like iron and copper and
mitochondrial impairment or in chronic metabolic disorders

such as diabetes and vascular chronic inflammation [21, 29].
Thus, in line with previous studies [6, 25, 30], our results
suggest that systemic OxS, even if it could not be by itself a
distinctive condition of women with PO, negatively affects
bone health thereby increasing the risk to develop this bone
degenerative disease.

Among the findings of our study, the significant positive
association between serum levels of hydroperoxides and
CTX-1, that is, marker of bone resorption, was the one that
mostly adds to the current literature. Indeed, to the best of
our knowledge, only another population-based study found
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Table 4:Multiple regression analysis of the association of hydroper-
oxides and CTX-1 with lumbar spine BMD.

Explanatory variables
B∗ (SE) 𝛽

#

Model 1

Hydroperoxides 0.262b
(0.061) −0.321

Adjusted 𝑅2 = 0.25
Model 2

CTX-1 −0.044a
(0.023) −0.172

Adjusted 𝑅2 = 0.16
Model 3

Hydroperoxides −0.246b
(0.066) −0.301

CTX-1 −0.026
(0.023) −0.100

Adjusted 𝑅2 = 0.25
Model 1: age, years since menopause, smoking, waist circumference +
hydroperoxides.
Model 2: age, years since menopause, smoking, waist circumference + CTX-
1.
Model 3: age, years since menopause, smoking, waist circumference +
hydroperoxides and CTX-1.
aP < 0.05; bP < 0.01.
∗Unstandardized regression coefficient; #standardized regression coefficient.
Abbreviations: SE: standard error; CTX-1: C-terminal telopeptide of type I
collagen.

this association among postmenopausal women, by using,
however, different markers for OxS, that is, 8-hydroxy-2-
deoxyguanosine, and bone resorption, that is, cross-linked
carboxyterminal telopeptide of type I collagen (ICTP).These
methodological differences between the two works are not
entirely negligible, mostly in relation to the latter marker.
Indeed, as nicely described by Garnero et al. [31] and others
[32, 33], ICTP andCTX-1 reflect different collagenolytic path-
ways, which in turn take place in distinct bone pathologies.
When compared to the other markers, CTX-1 serum level
was showed to be a more reliable indicator of the osteoclastic
resorptive activity. Consistently, the assessment of CTX-1, but
not of ICTP, is recommended formonitoring the effectiveness
of antiresorptive therapy in patients affected by PO [31].

Further insight into the understanding of the “weight” of
OxS in bone loss of postmenopausal women was provided by
multivariate analysis. As shown in Table 4, the relationship
between decrease in lumbar spine BMDand increase inCTX-
1 serum levels was obvious after taking into account a set
of strong potential predictors of bone loss (i.e., smoking,
age, years since menopause, and waist circumference), but
it disappeared after including also hydroperoxides in this
set. This statistical outcome led us to speculate that the
degradation of the main collagen component of bone organic
matrix might be, at some extent, dependent on OxS. This
hypothesis is vastly supported by previous in vitro studies
showing that ROS stimulates osteoclast differentiation and
bone resorption inmouse calvarial and bonemarrow cultures

[34, 35] and cocultures of mouse calvarial osteoblasts and
spleen cells [36]. More recently, it has been shown that the
increase of ROS, mostly due to xanthine/xanthine oxidase
activity [37], stimulates the resorption process by triggering
osteoclastogenic Nuclear Factor-kappa 𝛽 (NF-𝜅𝛽) ligand
(RANKL)-RANK signaling between osteoblasts and osteo-
clast precursors [9, 37]. RANKL binding to RANK initiates
osteoclast differentiation and activation and is critical for
maintaining their survival and for promoting bone resorption
[37]. Consistently, experiments on human bone marrow
cells demonstrated that hydrogen peroxide is able to induce
the expression of RANKL as well as macrophage colony
stimulating factor (M-CSF), which activates the former by
inducing the expression of RANK on myeloid cells.

Finally, it is fair to acknowledge that the cross-sectional
nature of the present study limits our ability to establish any
cause-effect relationship between OxS, CTX-1, and BMD.
However, our observations, although preliminary, may repre-
sent an important basis for a future longitudinal study aimed
to evaluate the potential beneficial effects of nutritional antiox-
idants on bone health.

5. Conclusion

In conclusion, our findings show an association between
increased hydroperoxides serum levels and reduced bone
density in postmenopausal women. Besides, this is the first
population-based study showing a positive independent asso-
ciation between this lipid peroxidation marker and serum
levels of CTX-1. These results would suggest that OxS might
play a role in the development of PO by enhancing bone
resorption rate. Additional studies are warranted to definitely
establish a causal relationship between OxS and bone loss in
postmenopause.
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Mild cognitive impairment (MCI) is regarded as a prodromal phase of late onset Alzheimer’s disease (LOAD). It has been proposed
that oxidative stress (OxS)might be implicated in the pathogenesis of LOAD.Theaimof this studywas to investigatewhether a redox
imbalance measured as serum level of hydroperoxides (i.e., by-products of lipid peroxidation) and/or serum antioxidant capacity
might be predictive of the clinical progression of MCI to LOAD.The levels of these two markers were measured in 111 patients with
MCI (follow-up: 2.0 ± 0.6 years), 105 patients with LOAD, and 118 nondemented healthy controls. Multivariate analysis adjusted
for potential confounding factors, including age, gender, smoking, and comorbidities, showed a significant increase (𝑃 < 0.05)
in baseline levels of OxS in MCI and LOAD as compared to cognitive healthy controls. No differences in either of OxS markers
were found by comparing MCI patients who converted (𝑛 = 29) or not converted (𝑛 = 82) to LOAD. Overall, these results suggest
that systemic OxS might be a precocious feature of MCI and LOAD. However, the role of OxS as an early prognostic marker of
progression to LOAD needs further investigations.

1. Introduction

Mild cognitive impairment (MCI) is regarded as an inter-
mediate state between normal aging and dementia [1]. This
preclinical condition is characterized by short-term or long-
term memory impairment which, at variance of dementia, is
not associated with significant daily functional disability [2].
Importantly, almost one half of these individuals evolves to
late onset Alzheimer’s disease (LOAD), accounting for about
60% of the total cases of dementia in USA and Western
countries [3].

In the last decades, the attention of the researchers
has been intensely focused on the molecular mechanisms
underlying the etiopathogenesis of LOAD in older individu-
als. These efforts have produced multiple proofs in support
of a key role of oxidative stress (OxS) in the onset and
development of LOAD [4, 5].

In physiological conditions, there is a balance between
oxidant molecules, among which reactive oxygen species
(ROS) are the most studied, and antioxidants species [6, 7].
OxS occurs when this balance shifts towards reactive species
generation leading to cellular/tissue oxidative damage [8].
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Growing in vitro and animal evidence [9–11] suggest that
OxS might be the “armed hand” of the amyloid-𝛽 (A𝛽)
peptides aggregates, which are the main constituent of senile
plaques in the brain of LOAD patients. Indeed, it has been
shown that these peptides form oligomers that could exert
neurotoxicity effects by enhancing ROS level in the brain [12].
More specifically, from these experiments it emerged that
A𝛽 oligomers can directly generate H

2
O
2
(through a cupper-

dependent superoxide dismutase-like activity [13]), activate
NADPH-oxidase in astrocytes, and induce ROS production
in mitochondria, by modulating the activity of enzymes
like A𝛽-binding alcohol dehydrogenase and 𝛼-ketoglutarate
dehydrogenase [12, 14].

Further proofs, although still controversial, of the asso-
ciation between LOAD and OxS have been gathered by
human studies [15–17]. Most of these studies showed that,
as compared with elderly controls, patients affected by MCI
or LOAD display increased oxidative damage, in particular
to lipids (peroxidation), along with decreased antioxidants
levels in peripheral fluids [15, 17]. However, due to the
cross-sectional design, most of these studies were unable
to establish any cause-effect relationships between OxS and
cognitive impairment or dementia.

To the best of our knowledge, the available literature
lacks of longitudinal studies, based on large population
sample, investigating the temporal relationship between OxS
and dementia. To address this crucial issue, we conducted
a prospective study with the aim of investigating whether
baseline serum level of hydroperoxides (i.e., by-products
of lipid peroxidation) and/or serum antioxidant capacity
might be predictive in the clinical progression from MCI to
LOAD.

2. Materials and Methods

2.1. Study Design. The present study was conducted accord-
ing to the Declaration of Helsinki (World Medical Asso-
ciation, http://www.wma.net/), the guidelines for Good
Clinical Practice (European Medicines Agency, http://www
.ema.europa.eu/), and the guidelines Strengthening the
Reporting of Observational Studies in Epidemiology guide-
lines (http://www.strobe-statement.org/), and it was appro-
ved by the local Ethic Committee for human experimenta-
tion.

Written informed consent for researchwas obtained from
each patient or from relatives or a legal guardian.

Personal data and medical history were collected by
a structured interview from patients and caregivers. All
patients underwent a general and neurological examination.
For neuropsychological assessment, all patients were given a
battery of tests as previously described [18]. Routine analyses
were performed to exclude causes of secondary cognitive
impairment, including serum B

12
vitamin, serum folate,

liver function tests including ammonia, kidney function
tests, thyroid function tests, blood cell count, and arterial
oxygen saturation. Subjects affected by severe congestive
heart failure, severe liver or kidney disease, severe chronic
obstructive pulmonary disease, and cancer were excluded.

There were no evidences of acute illnesses at the time of clin-
ical observation and blood sampling; no subject was taking
NSAIDS, antibiotics, or steroids at the time of recruitment.

Criteria used for the diagnosis of diabetes, arterial hyper-
tension, and cardiovascular diseases (CVD) were reported
elsewhere [18]. Smokers were defined as patients with present
or previous significant history of smoking (>180 packs/years).

2.1.1. Diagnosis of MCI. From 1 January 2006 to 31 December
2012, one hundred eleven patients with diagnosis ofMCI con-
secutive referring to the Day Hospital Services for Cognitive
Decline (University of Ferrara, Italy) or to the Geriatric Unit
of the IRCCS Casa Sollievo della Sofferenza (San Giovanni
Rotondo, Italy) and followed for a mean period of 2 years
(2.0 ± 0.6 years) were enrolled. Further 88 MCI patients were
added to the MCI group (total number of MCI: 199) in the
cross-sectional analysis.

MCI was defined as the presence of short/long-term
memory impairment, with/without impairment in other sin-
gle or multiple cognitive domains, in an individual who did
not meet the standardized criteria for dementia [2]. We also
required that the patient withMCIwould be still independent
in the activities of daily living (ADLs). Subjects with MCI
due to known causes (e.g., severe depression, extensive white
matter pathology, severe vitamin B

12
deficiency) had been

excluded. MCI patients were divided into 2 subgroups on
the basis of clinical evolution at follow-up: (A) 82 patients
whose cognitive performance remained stable or slightly
improved (MCI/MCI); (B) 29 patients converted to LOAD
during follow-up (MCI/LOAD). The diagnosis of LOAD
during the follow-up was made according to the NINCDS-
ADRDA criteria [19].

2.1.2. Diagnosis of LOAD. Trained geriatricians in 105 pa-
tients made diagnosis of LOAD according to the NINCDS-
ADRDA criteria. Only patients with “probable” Alzheimer’s
disease were selected for the inclusion in the study in order
to increase specificity. The Global Deterioration Scale ranged
from stage 4 to stage 6.

2.1.3. Cognitive Healthy Controls. One hundred eighteen
normal older individuals (controls) without any evidence of
dementia andwithout any functional disability attributable to
cognitive impairment were included in the study.

2.2. Assays of Biochemical Parameters. Venous blood was
collected from subjects upon an overnight fast, between
8.30 and 9.30 A.M. Each blood sample was then stored for
one hour at room temperature and centrifuged (3000×g for
10 minutes) to obtain serum which was then divided into
aliquots and stored at –80∘ until analysis.

Hydroperoxides were assessed by colorimetric assay
based on the reaction between these lipid peroxidation by-
products andN,N-dimethyl-para-phenylenediamine [20, 21].
This method is based on the ability of transition metals
to catalyze the formation of alkoxide and peroxide from
hydroperoxides. These two radicals strongly interact with
the chromogenic reagent, producing a radical cation that
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absorbs at 505 nm. Briefly, for each subject, 20𝜇L of serum
or standard (H

2
O
2
) were added to a solution containing

1960𝜇L of acetate buffer (pH 4.8) and 20𝜇L of chromogen
(0.0028M).The solution was incubated (37∘C) and then read
for optical density after 1 and 4minutes.The concentration of
hydroperoxides was obtained by the average ΔA

505
/min and

expressed as Carratelli Units (CU), where 1 CU corresponds
to 0.023mM of H

2
O
2
[20, 21].

The total amount of nonenzymatic serum antioxidants
(such as uric acid, ascorbic acid, and 𝛼-tocopherol) was spec-
trophotometrically determined by Ferric Reduction Antiox-
idant Power (FRAP) assay [22] with modifications described
in our previous study [15]. FRAP method measures the
ability of water and fat-soluble antioxidants to reduce ferric-
tripyridyltriazine (Fe3+-TPTZ) to the ferrous form (Fe2+)
which absorbs at 593 nm. Briefly, acetate buffer (pH 3.6),
TPTZ (10mM), and FeCl

3
(20mM) were mixed in the ratio

10 : 1 : 1 to give the working solution. 30𝜇L of serum or
standard (FeSO

4
) were added to 970 𝜇L of this solution. The

reaction mixture was then incubated at room temperature
for 6 minutes and the adsorbance value was recorded at
595 nm. The results of this assay were expressed as FRAP
units, where 1 FRAP corresponds to 100 𝜇moles/L of Fe3+
reduced to Fe2+in 6 minutes.

FRAP assay is strongly influenced by the amount of uric
acid, of which role as physiological antioxidant is highly
controversial [23]. To overcome this bias, urate concentration
was separately assessed by direct enzymaticmethod (inwhich
urate is oxidized by uricase coupledwith peroxidase [23]) and
then subtracted from FRAP values. The resulting parameter
(expressed in FRAP units), that is, residual antioxidant power
(RAP), affords a reliable index of antioxidant status in uric
acid-rich fluids such as serum [22, 24].

2.3. Brain Computer Tomography Scan. All patients (LOAD
and MCI) underwent a brain Computer Tomography (CT).
The instrument used was a third-generation SIEMENS
SOMATONHQ.The slice thickness was 10mm. Radiograms
were evaluated by trained radiologistswhowere not informed
about the clinical characteristics of the patient. The CT
scan information was used to support the clinical diagnosis
and to diagnose possible brain pathologies associated with
secondary cognitive impairment.

2.4. Statistical Analysis. Means were compared by ANOVA
and ANCOVA (Fisher’s least significant difference as post
hoc test), while prevalences were compared by the 𝜒2 test.
Since the distribution of RAP was skewed, the values were
log-transformed in order to approximate a normal distri-
bution before entering univariate and multivariate analysis.
The covariates included in the ANCOVA analysis for OxS
markers were the following: age (years), gender (M/F),
CVD (yes/no), diabetes (yes/no), hypertension (yes/no), and
smoking habit (current, never). A two-tailed probability
value<0.05 was considered statistically significant. SPSS 17.00
for Windows (Chicago, IL, USA) was used for statistical
analysis.
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Figure 1: Mean levels of hydroperoxides and RAP in nondemented
healthy controls, total MCI (MCI/MCI + MCI/LOAD + MCI no
follow-up), and LOAD patients. CU = Carratelli Units; FRAP =
Ferric reduction antioxidant capacity. In the ANCOVA model:
age, gender, hypertension, cardiovascular diseases, diabetes, and
smoking habit. ∗𝑃 < 0.01 versus controls.

3. Results

The main characteristics of the four groups of subjects
enrolled into the study are reported in Table 1. MCI/MCI,
MCI/LOAD, and LOAD patients were older and had a lower
formal education level compared to controls. Both MCI
groups presented a lower percentage of women compared
with the other two groups, while the frequency of smokers
did not consistently vary among groups. As expected by
selection criteria, the averageMini Mental State Examination
(MMSE) score was pathological in LOAD, while it was within
normal limits in both MCI groups and controls. As regards
comorbidities, CVD and diabetes were more frequent in
the MCI groups compared with controls and LOAD, while
hypertension was more frequent in LOAD patients with
respect to controls.

In Table 2 are described the mean levels of serum
hydroperoxides and residual antioxidant power (RAP) in
controls, MCI/MCI, MCI/LOAD, and LOAD patients. Com-
pared to healthy individuals, serum hydroperoxides were
higher while RAP was lower in LOAD, after taking into
account the possible effect of age, gender, smoking, and
comorbidities (ANCOVA post hoc 𝑃 < 0.01). Serum
hydroperoxides were higher in MCI/MCI subjects than in
controls (ANCOVA post hoc 𝑃 < 0.05), while no difference
in either OxS markers emerged by comparing the two MCI
subgroups. When the whole group of MCI (111 with follow-
up plus 88 without follow-up) was considered, a significant
increase in hydroperoxides (ANCOVA post hoc 𝑃 < 0.01)
together with a significant reduction of RAP (ANCOVA
post hoc 𝑃 < 0.01) was observed compared with controls
(Figure 1).

Based on the median values of OxS markers from
the whole sample (i.e., 305.0 CU for hydroperoxides, and
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Table 1: Principal characteristics of nondemented healthy controls, MCI/MCI, MCI/LOAD, and LOAD patients.

Controls (𝑛 = 118) MCI/MCI (𝑛 = 82) MCI/LOAD (𝑛 = 29) LOAD (𝑛 = 105)
Age (years) 69.5 ± 9.1 75.9 ± 6.7

c
78.6 ± 5.7

c
78.1 ± 5.5

c

Female gender (%) 72.0a,b 54.8 51.7 70.1a,b

Formal education (years) 9.1 ± 4.3 5.9 ± 3.4
c

6.4 ± 4.1
c

5.3 ± 3.5
c

MMSE score (/30) 26.7 ± 2.7 25.8 ± 2.9
b,c

24.1 ± 2.3
a,c

20.4 ± 4.4
a,b,c

GDS (/15) 6.2 ± 3.5 5.9 ± 2.6 5.4 ± 3.4 5.4 ± 3.3

Hypertension (%) 42.1 55.1 54 64.1c

Diabetes (%) 10.1a,b 20.1 24.2 13.7a,b

CVD (%) 9.5a,b 25.6 25.1 16.7a,b

Smoking (%) 8.5 5.1 4.7 8.1
Continuous variables are expressed as mean ± standard deviation. MCI/MCI: stable MCI patients; MCI/LOAD: MCI patients converted to LOAD. CVD:
cardiovascular disease; MMSE: Mini Mental State Examination; GDS: Global Deterioration Scale.
a
𝑃 < 0.05 versus MCI/MCI; b𝑃 < 0.05 versus MCI/LOAD; c𝑃 < 0.05 versus controls.

Table 2: Mean levels (mean ± standard error of the mean, SEM) of serum hydroperoxides and residual antioxidant power (RAP) in
nondemented healthy controls, MCI/MCI, MCI/LOAD, and LOAD patients.

Controls (𝑛 = 118) MCI/MCI (𝑛 = 82) MCI/LOAD (𝑛 = 29) LOAD (𝑛 = 105) ANCOVA (𝑃)
Hydroperoxides (CU) 288.1 ± 11.9 295.8 ± 10.0

c
281.2 ± 17.5 320.9 ± 12.9

c 0.01
RAP (FRAP units) 234.5 ± 16.0 187.5 ± 16.2 205.1 ± 22.1 152.2 ± 15.5

c 0.06
MCI/MCI: stable MCI patients; MCI/LOAD: MCI patients converted to LOAD. CU: Carratelli Units; FRAP: Ferric reduction antioxidant capacity. In the
ANCOVAmodel: age, gender, hypertension, cardiovascular diseases, diabetes, and smoking habit.
c
𝑃 < 0.05 or 𝑃 < 0.01 versus controls.

208.8 FRAP units for RAP) three subgroups of individ-
uals were identified: (1) favourable redox balance: low
hydroperoxides and high RAP; (2) intermediate OxS: high
hydroperoxides andhighRAPor lowhydroperoxides and low
RAP; (3) full blown OxS: high hydroperoxides and low RAP.
In Figure 2 are reported the within sample group (Controls,
MCI/MCI, MCI/LOAD, and LOAD) percentages of subjects
with different degree of OxS. In line with the ANCOVA
results, controls and LOADdisplayed opposite proportions as
regards the two extreme states of oxidative balance. Notably,
the relative percentages of favourable redox balance and full
blown OxS in MCI/dementia were markedly different (about
three times for both) from those of LOAD patients.

4. Discussion

Most of the proofs supporting the involvement of OxS in
LOAD development have been generated by experiments on
cell cultures, animals and postmortem human brain tissues
[9, 10, 25–27]. On the contrary, data from human studies
are conflicting [15–17, 28, 29] and do not allow to draw a
definitive picture about the role of OxS in the onset and
progression of this neurodegenerative disorder.

In the present study, we evaluated the serum levels of
hydroperoxides and RAP in a large sample of individuals
including healthy controls, LOAD, and MCI patients that
during 2-year follow-up remained either stable or converted
to dementia. The main finding was that neither baseline
level of the two peripheral markers was able to predict
the progression from MCI to LOAD. In other words, the
evaluation of systemic OxS by using these markers might not
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Figure 2: Within group percentages of subjects with Favorable
Oxidative Balance, Intermediate OxS, or Full Blown OxS (for
definitions see text). CU = Carratelli Units; FRAP = Ferric
reduction antioxidant capacity. MCI/MCI: stable MCI patients.
MCI/dementia: MCI patients converted to LOAD. ∗𝑃 < 0.01 versus
Controls; #𝑃 < 0.01 versus LOAD.

be a helpful tool in differencing MCI patients who are going
to evolve to LOAD.

Overall, our data are consistent with those shown by
one of the few other longitudinal studies employing a broad
spectrum of nonenzymatic and enzymatic antioxidants, as
well as lipid and protein oxidation markers [30]. In their
prospective study conducted in a sample of 70 MCI subjects,
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Baldeiras et al. did not find significant differences in any
of the baseline indexes of oxidative damage and antioxidant
defence measured between stable and progressing to demen-
tia individuals [30]. In contrast, in another study conducted
on a similar number of subjects, F2-isoprostanes measured
in cerebrospinal fluid (CSF) were significantly higher in MCI
patients who later converted to LOAD compared to stable
patients [31]. The discrepancies between these data and ours
might be mainly due to the differences regarding the markers
(and biological fluids) that were employed for OxS detection
as well as regarding the general characteristics (e.g., age and
lifestyle habits) of the population samples.

However, some important indications arise from the
analysis of our cross-sectional data, which appear to confirm
the results of previous works conducted on smaller samples
[13, 17]. Our data clearly suggest fromone side thatOxSmight
represent an early event in LOAD pathogenesis and also that
the process of redox balance derangementmight take place in
its prodromal phase (Figure 1). Consistently, mitochondrial
dysfunction [32] and iron homeostasis dysregulation [27],
which are believed to be the major causes of cumulative
oxidative damage observed in neurons of LOAD [14], are
also present in subject with MCI. Moreover, postmortem
studies on brain tissues identified similar level of ROS by-
products in proteins, lipids, and DNA from hippocampus
and prefrontal regions in MCI and LOAD patients [33]. In
particular, the identification of carbonylated and nitrated
proteins common for MCI and Alzheimer’s disease by redox
proteomic approach suggests that key oxidative pathways
can be an early event and playing, therefore, a role in the
initial progression of the neurodegenerative process [34].
Oxidative protein damage is not random, but highly selective,
and affects enzymes involved in energy metabolism (enolase,
lactate dehydrogenase, creatine kinase, etc.), protein turnover
(ubiquitin carboxyl terminal hydroxylase L1, UCHL-1), and
control of excitotoxicity (glutamine synthetase) [35, 36].

Notably, the biomolecules present in neurons of these
patients are highly vulnerable to oxidative challenge, because
the low expression of endogen antioxidants (e.g., glutathione
and coenzyme Q10) [34, 35].This phenomenon is mostly due
to a process (most probably caused by A𝛽 deposition) that
leads to low expression of nuclear factor, E2-related factor
2 (Nrf2), that is responsible for activating transcription of
antioxidant genes in the response to OxS [34, 36, 37].

The evidence of a similar oxidative and inflammatory [38]
pattern in MCI and LOAD strengthen the widely supported
concept of a biochemical equivalence between pre- and
clinical conditions [39] which, in turn, might explain the lack
of differences between MCI/MCI and MCI/dementia shown
in our study.

In our opinion, our data adds to clinical practise, espe-
cially as it regards the use of antioxidant supplementation
in the treatment of MCI and LOAD patients. Indeed, if
confirmed on larger samples, the finding that OxS level
might not be crucial for the progression fromMCI to LOAD
might explain the ineffectiveness of antioxidant therapy in
MCI patients [40]. On the contrary, this approach would be
possibly beneficial in healthy subjects that still do not present
the signs of an altered oxidative balance.

Finally, we would like also to underline some limitations
and strengths of this study. First, the full assessment of
nutritional status was not performed in the subjects of this
study. For this reason, it is difficult to establish, with a high
degree of certainty, whether the decrease of RAP observed
in MCI and LOAD patients is linked to a ROS-dependent
depletion or to a scarce dietary intake of antioxidants. Second,
we are aware that othermarkers ofOxSmight bemore helpful
than those we used in this study, for the understanding of
themechanism underlying the relationship between OxS and
LOAD. In particular, the measurement of 4-hydroxynonenal
(4HNE)-protein adducts could be used to address this aim,
because of their proved ability tomodulate signaling pathway
[41]. Third, to the best of our knowledge, the sample MCI
subjects enrolled for longitudinal study (𝑛 = 111), as well the
size of the whole cross-sectional sample (𝑛 = 422), are by far
the largest among human studies on this specific topic.

5. Conclusion

Taken together our data suggest that OxS might be preco-
ciously involved in LOAD pathogenesis. However, further
investigations are needed to determine the appropriate OxS
indicators to be measured in the progression from MCI to
LOAD needs.
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Tűzoltó utca 37-47, Budapest 1094, Hungary

Correspondence should be addressed to Gábor Bánhegyi; banhegyi@eok.sote.hu
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It has been recently shown that redox imbalance of luminal pyridine nucleotides in the endoplasmic reticulum (ER) together
with oxidative stress results in the activation of autophagy. In the present study we demonstrated that decrease of luminal
NADPH/NADP+ ratio alone by metyrapone was sufficient to promote the mechanism of “self-eating” detected by the activation
of LC3. Depletion of luminal NADPH had also significant effect on the key proteins of mTOR pathway, which got inactivated by
dephosphorylation. These findings were also confirmed by silencing the proteins (glucose-6-phosphate transporter and hexose-
6-phosphate dehydrogenase) responsible for NADPH generation in the ER lumen. However, silencing the key components and
addition of metyrapone had different effects on downstream substrates 4EBP1 and p70S6K of mTOR. The applied treatments did
not compromise the viability of the cells. Our data suggest that ER stress caused by luminal NADPH depletion activates a pro-
survival autophagic mechanism firmly coupled to the activation of mTOR pathway.

1. Introduction

The endoplasmic reticulum (ER) is a eukaryotic cellular
component that acts as an essential integrator of external and
internal stimuli by keeping the balance of protein level (so
called proteostasis) [1, 2]. ER has a crucial role in folding
and secretion of secreted and membrane proteins, calcium
storage, and lipid biosynthesis [2, 3]. Recent experimental
data have shown that for the proper function of the ER, a
high luminal NADPH/NADP+ ratio is essential [4, 5]. The
reduced luminal NADPH is required for the prereceptorial
activation of glucocorticoids (such as cortisol), for some
reactions of biotransformation and presumably for local
antioxidant defense. NADPH level is primarily sustained
by the coordinated action of the ER glucose-6-phosphate
transporter (G6PT) and the luminal hexose-6-phosphate
dehydrogenase (H6PDH), while NADPH can be consumed
by different luminal reductases (such as carbonyl reductases)
[6–8].

The imbalance of NADPH/NADP+ ratio or depletion of
luminal NADPH level sensitizes the ER to different oxidative
injuries [5]. Starvation has been reported to cause a shift
in the redox state of luminal pyridine nucleotides toward
the oxidized direction [9]. Experimentally, addition of G6PT
blockers S3483 or chlorogenic acid or the ROS generating
menadione results in the decrease of luminal NADPH [5,
10]. Metyrapone decreases luminal NADPH level by the
stimulation of carbonyl reductases and by carbonyl reductase
independent mechanisms [4, 11]. Interestingly, combined
treatment of NADPH depleting agents (e.g., inhibition or
silencing G6PT, silencing H6PDH, and oxidation of ER
luminal pyridine nucleotides) and oxidative stress induced by
menadione results in the induction of autophagymarkers [5].

It has been also proved that autophagosome formation
gets immediately induced in the presence of ER stressors
(such as thapsigargin and tunicamycin) [12, 13]. This obser-
vation is confirmed by increasing autophagic function. Any
disturbance of autophagy accelerates cell death claiming that
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autophagy plays important roles in cell survival during ER
stress [12, 13].

The autophagy plays an important role to “digest” the
damaged cytoplasmic components of cells at physiological
conditions [14]. In addition autophagy has an essential role in
promoting cellular-survival during starvation by “self-eating”
of parts of the cytoplasm and intracellular organelles [14, 15].
Autophagy induced by nutrient deprivation can bemimicked
by addition of drug rapamycin [16].

Mammalian target of rapamycin (mTOR) alias FKBP-
rapamycin associated protein (FRAP) is an evolutionally
conserved serine/threonine kinase of mTOR pathway that
is a major effector of cell growth and proliferation by
controlling protein synthesis [17, 18]. The phosphorylated
form of mTOR/FRAP is active, while the kinase becomes
immediately inactive and dephosphorylated upon nutrient
depletion [18]. Some of the targets of mTOR/FRAP are
phosphorylated directly, such as Eukaryotic translation ini-
tiation factor 4E-binding protein 1 (4EBP1) and Ribosomal
protein S6 kinase 1 (p70S6K). Both 4EBP1 and p70S6K
become dephosphorylated in response to starvation resulting
in block of protein translation [18, 19]. Some new results
have shown that DNA damage and ER stress-related Gadd34
is also required for autophagy induction under nutrient-
depleted conditions [20]. The Gadd34 knock-downed mice
cannot promote starvation-dependent mTOR/FRAP kinase
dephosphorylation [21]. However, beside CHOP/Gadd153,
Gadd34 is also a crucialmember of unfolded protein response
(UPR) [13]. UPR is a complex network of signalling pathways
measuring both the not properly folded protein level and
the precise balance between production and consumption of
folded proteins [13, 22].

In this study we reexamined the role of metyrapone
in autophagy induction claiming that NADPH depletion
without combination of oxidative agent can be sufficient
to enhance autophagic process. Treatment with NADPH
depleting agents results in dephosphorylation of the key
molecules of mTOR pathway confirming that the imbalance
of ER luminal pyridine nucleotides induces a starvation
phenotype.

2. Materials and Methods

2.1. Materials. Metyrapone, rapamycin, 3-methyladenine,
Wortmannin, and trypan blue were purchased from Sigma.
All other chemicals were of reagent grade.

2.2. Cell Culture and Maintenance. As model system, human
liver carcinoma (HepG2) cell line was used. Due to the
relatively large dimension of ER in HepG2 cells they offer
an excellently suitable in vitromodel system for studying the
effect of addition of different type of ER stressors. HepG2 cells
were maintained in DMEMmedium supplemented with 10%
fetal bovine serum and 1% antibiotics/antimycotics. Culture
dishes and cell treatment plates were kept in a humidified
incubator at 37∘C in 95% air and 5% CO

2
.

2.3. RNA Interference. The silencing of G6PT and H6PDH
was managed by transfection with siG6PT and/or siH6PDH,

respectively. The corresponding RNA interference was per-
formed using Lipofectamine RNAi Max (Invitrogen) in
GIBCOTMOpti-MEM I (GlutaMAXTM-I) Reduced-Serum
Medium liquid (Invitrogen) and 20 pmol/mL siRNA. Inter-
fering RNAs for human G6PT (gene ID: NM 001467) and
H6PD were constructed by Invitrogen. The used oligonu-
cleotide for human G6PT: 5-CGAAACAUCCGCACC-
AAGAdTdT-3 (sense) and 5-UCUUGGUGCGGAUGU-
UUCGdTdT-3 (antisense) [23].Theused oligonucleotide for
human H6PD was 5-UUAUGGAGACAUGUCCCUGGA-
GCUC-3 (sense) and 5-GAGCUCAGGGACAUGUCU-
CCAUAA-3 (antisense). Interferingmaterials were annealed
duplexes in both cases [5].

2.4. SDS-PAGE and Western Blot Analysis. HepG2 cells were
harvested and lysed with 20mM Tris, 135mM NaCl, 10%
glycerol, and 1% NP40 at pH 6.8. Protein content of cell
lysates was measured using Pierce BCA Protein Assay. Equal
amounts of protein were used in each procedure. SDS-PAGE
was performed by using Hoefer miniVE (Amersham). The
protein patterns were transferred onto Millipore 0.45𝜇m
PVDF membrane. Immunoblotting was accomplished with
TBS Tween (0.1%), containing 5% nonfat dry milk for
blocking membrane and for antibody solutions. The cor-
rect loading was controlled by staining with Ponceau S
in each experiment. The following antibodies were used:
antiGADD153, antiLC3B, antiGADD34, antimTOR/FRAP,
antimTOR/FRAP-P, antip70S6K, antip70S6K-P, antiprocas-
pase 3, antiGAPDH (SantaCruz), anti4EBP1, anti4EBP1-P,
antiPARP, antieIF2alpha-P, antieIF2alpha (Cell Signaling),
and HRP conjugated secondary antibodies (SantaCruz).

2.5. Cell Viability Assays. The number of viable cells was
detected using a trypan blue exclusion assay. Cells were
incubatedwith isotonic solution of trypan blue 0.6% and both
permeabilized and nonpermeabilized cells were counted.
In case of each experiment at least three parallels were
measured. Cell viability was also determined by CellTiter-
Blue Assay from Promega. 20 𝜇L of reagent was added to
each 100 𝜇L of medium in a 96-well plate. In this method
the viable cells are able to reduce the indicator dye resazurin
into resorufin, while the nonviable cells lose their metabolic
capacity.The absorbance was read at 570 nm using 600 nm as
a reference wavelength.

2.6. HPLC Detection of Metyrapone. The uptake of drug
metyrapone was measured via HPLC. Cell cultures were
incubated for 0, 10, 20, 30, 40, and 120min, then cells and
media were separated, and cells were lysed with 20mM Tris,
135mM NaCl, 10% glycerol, and 1% NP40 at pH 6.8. 150𝜇L
media of each sample was directly added to 150 𝜇L ice-cold
methanol. The protein concentration of each sample was set
to 0.075mg/mL with MOPS buffer. Then 150𝜇L of these
samples were added to 150 𝜇L ice-cold methanol. Samples
were stored at −20∘C until analysis. After sedimentation
of the precipitates by centrifugation (20 000×g for 10 min
at 4∘C), the metyrapone content of the supernatants was
measured by HPLC (Alliance 2690; Waters Corp., Milford,
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MA,USA) using aNucleosil 100 C18 column (5 𝜇m25× 0.46)
(Teknokroma). The eluent was 58% methanol, samples were
eluted for 30 min and the absorbance was detected at 245 nm
wavelength (Dual l AbsorbanceDetector 2487).The retention
times of metyrapone (approx. 15min) was determined by
injecting standards.

3. Results

3.1. NADPH Depletion in the ER Lumen by Metyrapone
Results inAutophagyActivation andDownregulation ofmTOR
Pathway. We have shown previously that combination of
depletion of ER luminal NADPH and menadione-induced
oxidative stress injury results in autophagy and decreased
viability in HepG2 cells [5]. However, under experimental
conditions performed in those experiments imbalance of
NADPH level caused by metyrapone alone was not sufficient
to induce autophagic events or viability alterations. Here we
found that prolonged incubation was not sufficient to induce
autophagy (data not shown), but the increased concentration
of metyrapone (75–100 𝜇M) was able to promote formation
of autophagy marker, LC3II; however, the apoptosis markers,
such as cleavage of PARP and procaspase 3, did not show any
apoptotic event suggesting that an autophagy-dependent pro-
cess switches on during metyrapone treatment (Figure 1(a)).

To investigate further the general effect of luminal
NADPH depletion, a viability assay was carried out and
the viable cells were also counted (Figures 1(b) and 1(c)).
These analyses showed—in accordance with previous find-
ings [5]—that no cumulative cell death was present dur-
ing the treatment at either metyrapone concentration for
1 hour (Figures 1(b) and 1(c)). These results suggest that
high concentration of metyrapone results in drug-induced
autophagy; however, this mechanism does not enhance “self-
eating”-dependent cell death. To confirm the positive effect of
metyrapone on autophagy induction a combined treatment
was established with various autophagy inhibitors, such as 3-
methyladenine and Wortmannin (Figure 2). Autophagy was
less evident in both simultaneous treatments (metyrapone +
3-methyladenine and metyrapone + Wortmannin) and rela-
tive cell viability was also decreased (Figure 2). Cleaved PARP
indicates apoptotic cell death at addition ofWortmannin even
at combined treatment. Thus, NADPH depletion-induced
autophagy showed similar characteristic to rapamycin treat-
ment (Figure 2).

Beside autophagy activation, a remarkable induction of
Gadd34 and the slight but delayed activation of proapoptotic
CHOP/Gadd153 could also be observed upon metyrapone
addition (at concentrations >50 𝜇M) confirming ER stress
(Figure 3(a)). eIF2𝛼 phosphorylation could not be observed
after 1-hour treatment in accordance with the phosphatase
activity of induced Gadd34 (Figure 3(a)).

As Gadd34 acts on mTOR/FRAP pathway negatively
by dephosphorylating and activates the inhibitor TSC2 of
mTOR/FRAP directly [20] we are interested in whether
this starvation-controlled pathway is active or not during
metyrapone treatment. Therefore, the phosphorylation of
mTOR/FRAP kinase and its two well-known downstream

targets (4EBP1 and p70S6K) was also followed by Western
blotting (Figure 3(b)). Although Gadd34 gets activated and
mTOR/FRAP becomes dephosphorylated at drug concentra-
tion >50 𝜇M, 4EBP1 is not shown any dephosphorylation
after 1- hour treatment. These data suggest that mTOR path-
way could not be fully inactived during redox imbalance
of ER luminal pyridine nucleotides. Interestingly p70S6K
kinase, the other target of mTOR/FRAP becomes almost
completely dephosphorylated even after 1 hour treatment
with 10 𝜇M metyrapone (Figure 3(b)) supposing that drug-
induced luminal NADPH depletion of ER has actually some
negative effect on mTOR/FRAP-dependent starvation path-
way.

3.2. The kinetic Profile of Metyrapone-Induced mTOR Inac-
tivation. To get the time course of metyrapone treatment
(100 𝜇M), its effects were followed in time. The level of
LC3II was already elevated at 1 h and further increased
at 2 h of incubation with 100 𝜇M metyrapone assuming
autophagic process after 1-hour treatment (Figure 4(a)).
Interestingly eIF2𝛼 phosphorylation and activity of both
Gadd34 and CHOP/Gadd153 show only a transient peak
(Figure 4(b)). Metyrapone treatment resulted in a stress-
dependent UPR activation; however, the UPR elements
completely disappeared after 120min. These data also sup-
port the idea that autophagy activated by NADPH deple-
tion promotes a cell survival process by adapting the
cells to a tolerable stress condition. We claim that the
metyrapone-induced ER stress is not severe enough to induce
cell death. No PARP cleavage was observed during treat-
ment supposing that apoptotic process remained inactive
(Figure 4(a)). These results were also confirmed by carry-
ing a viability assay, which did not show any cumulative
cell death even after 2-hour long luminal redox imbalance
(Figure 4(c)).

The time course of the phosphorylation of the key com-
ponents of mTOR pathway was also examined. mTOR/FRAP
gets dephosphorylated after 50–60min, and this dephos-
phorylation became completed after 2 hours supposing
the turning off of mTOR/FRAP pathway during treatment
(Figure 5). While mTOR/FRAP getS dephosphorylated rel-
atively late, the inactivation of p70S6K was observed after
15min. Although both mTOR/FRAP and p70S6K kinase
get dephosphorylated, mTOR/FRAP target 4EBP1 remains
active and phosphorylated (Figure 5). This various activa-
tion profile of downstream targets of mTOR/FRAP suggests
kinetic differences between them. It can also be possible that
metyrapone treatment has an mTOR-independent effect on
4EBP1 and/or p70S6K phosphorylation/dephosphorylation.

To rule out the possibility that cells are able to adapt
to metyrapone by pumping the drug out, its uptake was
measured by HPLC. The increase of metyrapone concentra-
tion in the cells shows hyperbolic characteristic reaching a
maximum level after 30min and it was maintained on this
level even after 120min (Figures 6(a) and 6(b)). This picture
shows that a constant metyrapone level was reached after
30min in the cell, which was in agreement with the time
course of metyrapone induced effects.
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Figure 1: NADPH depletion induced by metyrapone is sufficient to promote autophagy. HepG2 cells were treated with different amount
of metyrapone (10 𝜇M–100 𝜇M) for 1 h at 37∘C. (a) Cell lysates were analysed by Western blot by immunoreacting with antibodies against
LC3, procaspase 3, PARP, and GAPDH, respectively. The relative density of both the lower band of LC3/GAPDH and PARP/GAPDH were
plotted. (b) Cell viability was assessed by counting the cells both permeable and nonpermeable for trypan blue. About 95% of the cells were
nonpermeable for trypan blue. (c) Cell viability was followed by using Cell Titer-Blue Assay and the relative cell viability was represented after
1-hour longmetyrapone treatment. As positive controls cells were treated with tunicamycin (TM—25 𝜇M) for 2 hours combinedwith/without
2-hour long 3-methyladenine pretreatment (3-MA—10mM).
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Figure 2: NADPH depletion and autophagy inhibition together promote cell death. HepG2 cells were treated with metyrapone (Mety—
100𝜇M), rapamycin (Rap—100 nM), Wortmannin (Wort—1 𝜇M), and 3-methyladenine (3-MA—10mM) for 2 h at 37∘C. Cells were also
pretreated with Wort/3-MA for 2 h; then Mety/Rap was added for another 2 h. (a) Cell lysates were analysed by Western blot by
immunoreacting with antibodies against LC3, PARP, and GAPDH, respectively. (b) Cell viability was followed by using Cell Titer-Blue Assay
and the relative cell viability was represented after treatment.
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Figure 3: NADPH depletion induced by metyrapone enhances ER stress and influences the phosphorylation status of mTOR pathway
proteins. HepG2 cells were treated with different amount of metyrapone (10 𝜇M–100𝜇M) for 1 h at 37∘C. (a) Cell lysates were analysed
by Western blot by immunoreacting with antibodies against eIF2𝛼-P, eIF2𝛼, CHOP/Gadd153, GAPDH, and Gadd34, respectively. The
relative density of Gadd34/GAPDH was plotted. (b) Cell lysates were analysed by Western blot by immunoreacting with antibodies against
mTOR/FRAP-P, mTOR/FRAP, 4EBP1-P, 4EBP1, p70S6K-P, and p70S6K, respectively. The relative density of phosphorylated FRAP/GAPDH
was represented.

3.3. Imbalance of ER Luminal NADPH/NADP+ Ratio and
mTOR Inactivation by Silencing of G6PT and/or H6PDH.
Although the role of metyrapone was already proved by
imbalance the pyridine nucleotide level in luminal ER, the
exact way of its action, and its targets have been not explored
yet. We had to confirm that metyrapone is not able to act
directly on one of the steps of mTOR pathway besides induc-
ing the depletion of ER luminal NADPH. Therefore, the two
key proteins of maintaining luminal NADPH level, G6PT,
and H6PDH were silenced in HepG2 cells by transfection
with the corresponding siRNA. G6PT is needed for glucose-
6-phosphate uptake of the ER, while H6PDH transforms
glucose-6-phosphate to 6-phosphogluconate by generating
NADPH [24]. This transformation requires NADP+; there-
fore, silencing the expression of these two genes results in
serious NADPH depletion in the ER lumen.

Transfection of HepG2 cells with siG6PT and/or
siH6PDH reduced the level of G6PT and/or H6PDH
dramatically (Figure 7). Both siG6PT and siH6PDH resulted
in activation of autophagic event (Figure 7). This was
demonstrated by the remarkable increase of LC3II level
and intensive Gadd34 expression, while the cleavage of

procaspase 3 and PARP was not observed. These data
show that similarly to autophagy induced by metyrapone
treatment, the survival process switches on during silencing
of G6PT and/or H6PDH. Interestingly, the mTOR/FRAP
target 4EBP1 gets fully dephosphorylated after silencing
G6PT and/or H6PDH suggesting that imbalance of luminal
NADPH/NADP+ ratio affects the mTOR/FRAP pathway
negatively (Figure 7). Silencing of either G6PT or H6PDH, in
agreement with our previous results [5], did not compromise
the viability of the cells (data not shown).

4. Discussion

The present results show that depletion of ER NADPH either
by the pharmacological agent metyrapone or by silencing of
the key proteins of luminal NADPH generation switched on
an autophagic mechanism with the incomplete inactivation
of the mTOR pathway.

We observed that high concentration of metyrapone was
able to enhance the autophagy marker LC3II even after
1 h, suggesting that the imbalance of ER luminal pyridine
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Figure 4: Time course of the effect of high concentration metyrapone on ER stress. HepG2 cells were treated with 100 𝜇M metyrapone
for 5–120min at 37∘C. (a) Cell lysates were analysed by Western blot by immunoreacting with antibodies against LC3, PARP, and GAPDH,
respectively.The relative density of both the lower band of LC3/GAPDH and PARP/GAPDHwere represented. (b) Cell lysates were analysed
by Western blot by immunoreacting with antibodies against ER stress markers, such as eIF2𝛼-P, eIF2𝛼, CHOP/Gadd153, and Gadd34,
respectively. The relative density of Gadd34/GAPDH was represented. (c) Cell viability was assessed by counting the cells both permeable
and non-permeable to trypan blue. About 5% of the cells were nonpermeable for trypan blue.

nucleotides is alone sufficient to induce the “self-eating”
mechanism (Figure 1). The ER-stress related autophagy
inducer Gadd34 became active at relatively low concentra-
tion of metyrapone, while increased expression of the pro-
apoptotic transcription factor CHOP/Gadd153 was detected
only at high amount of drug (Figure 3(a)). Since this induc-
tion of CHOP/Gadd153 did not result in a decrease of cell
viability in our experimental system (Figure 1), we suggested
that autophagic response induced by NADPH depletion
might have a role in cell survival. This observation was

also confirmed by using autophagy inhibitors together with
metyrapone (Figure 2). Interestingly, metyrapone after a
short exposure (30min) transiently increased the expression
of transcription factor CHOP/Gadd153 following Gadd34
induction (Figure 4(b)), but cells remained viable (Figures
4(a) and 4(c)). These results suggest that first autophagy
gets activated to turn on the “self-eating” mechanism to heal
damages. Later apoptosis via CHOP tries to switch on but
the stress level induced by NAPDH depletion is not high
enough to develop the self-killing mechanism; therefore,
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Figure 5: Time course of the effect of high concentrationmetyrapone on phosphorylation status ofmTORpathway proteins.HepG2 cells were
treatedwith 100 𝜇Mmetyrapone for 5–120min at 37∘C. Each sample was analysed byWestern blot by immunoreacting with antibodies against
mTOR/FRAP-P, mTOR/FRAP, 4EBP1-P, 4EBP1, p70S6K-P, and p70S6K, respectively. The relative density of phosphorylated FRAP/GAPDH
was represented. As positive control of autophagy cells were treated with 100 nM rapamycin for 1 hour at 37∘C.
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Figure 6: Metyrapone uptake of HepG2 cells. HepG2 cells were treated with 100 𝜇M metyrapone for 0–120min at 37∘C. (a) After cell lysis,
cells metyrapone concentrations were measured by HPLC till 120min upon the addition of metyrapone, and their relative amounts were
calculated both in the media (black diamond) and the cells (black triangle). (b) Metyrapone concentration in cells referring to cell volume is
plotted at each time point and a trend line was fitted (black hyperbolic line). For detailed description of HPLC method see Section 2.

CHOP/Gadd153 has only a transient peak. These results
correspond to our recently published data where we claim
that cellular stress induces autophagy-dependent survival
immediately, while the stress level has to reach a critical
threshold to promote apoptotic cell death [25].

Gadd34 has been shown to induce autophagy via the
dephosphorylation of TSC2, which leads to the suppression

of themTORpathway, a potent inhibitor of autophagy [21]. In
agreementwith the supposed role ofGadd34 in the regulation
of mTOR pathway, a decreased phosphorylation of mTOR
and p70S6K was also observed after longer incubations.
However, the mTOR target 4EBP1 remains phosphorylated
(Figure 5). This various activation profile of downstream
targets of mTOR suggests kinetic differences between them.
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Figure 7: Transient knockdown of G6PT and/or H6PDH by siRNAs induces autophagy. HepG2 cells were treated with siRNA construct for
G6PT and/or H6PDH. For description of this method see Section 2. Cells were lysed after 24 hours of silencing and samples were analysed
by Western blot by immunoreacting with antibodies against G6PT, H6PDH, GAPDH, LC3, procaspase 3, PARP, Gadd34, mTOR/FRAP-P,
mTOR/FRAP, 4EBP1-P, 4EBP1, p70S6K-P and p70S6K, respectively.

It can also be possible that metyrapone treatment has an
mTOR-independent effect on 4EBP1 and/or p70S6K phos-
phorylation/dephosphorylation. These considerations are
also supported by the observations that p70S6K dephos-
phorylation precedes that of mTOR (Figure 5) and requires
lower metyrapone concentration (Figure 3(b)). Moreover,
4EBP1 dephosphorylation was evident upon silencing-based
consumption of the luminal NADPH pool (Figure 7). It
should be noted that although the downstream targets of
mTOR (i.e., p70S6K and 4EBP1) are supposed to be regulated
in line with each other, in some cases they are inhibited
differently [26, 27].

The results gained by metyrapone were confirmed by
silencing of the proteins responsible for generation ER lumi-
nal NADPH. Activation of the autophagic machinery was
indicated by increased Gadd34 expression, LC3II formation,
and dephosphorylation of 4EBP1 (Figure 7).

In conclusion, the depletion of luminal NADPH in the
ER (and/or the decreased NADPH/NADP+ ratio) results
in ER stress followed by the activation of autophagic
response. The scenario consists of the temporary increase of
CHOP/Gadd153 without the alteration of cell viability. Thus,
the NADPH depletion dependent ER stress unequivocally

results in a physiological prosurvival response. Although the
elements of mTOR pathway respond differently to imbalance
of luminal pyridine nucleotides, these data suggested that the
NADPH depletion-induced autophagosome formation has
starvation-related phenotype.The findings underline the role
of the redox state of ER luminal pyridine nucleotides (and the
metabolic pathways affecting it) in the nutrient sensing of the
cell [24].
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