
Stem Cells International

Ex Vivo and In Vivo Stem Cells-Based 
Tissue Engineering Strategies for 
Their Use in Regenerative Medicine

Lead Guest Editor: Víctor Carriel
Guest Editors: Heidi Declercq, Stefano Geuna, and Miguel Alaminos



Ex Vivo and In Vivo Stem Cells-Based
Tissue Engineering Strategies for
Their Use in Regenerative Medicine



Stem Cells International

Ex Vivo and In Vivo Stem Cells-Based
Tissue Engineering Strategies for
Their Use in Regenerative Medicine

Lead Guest Editor: Víctor Carriel
Guest Editors: Heidi Declercq, Stefano Geuna,
and Miguel Alaminos



Copyright © 2018 Hindawi. All rights reserved.

This is a special issue published in “Stem Cells International.” All articles are open access articles distributed under the Creative Com-
mons Attribution License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is
properly cited.



Editorial Board

James Adjaye, Germany
Cinzia Allegrucci, UK
Stefan Arnhold, Germany
Andrea Ballini, Italy
Dominique Bonnet, UK
Philippe Bourin, France
Daniel Bouvard, France
Silvia Brunelli, Italy
Stefania Bruno, Italy
Bruce A. Bunnell, USA
Kevin D. Bunting, USA
Benedetta Bussolati, Italy
Leonora Buzanska, Poland
A. C. Campos de Carvalho, Brazil
Stefania Cantore, Italy
Yilin Cao, China
Alain Chapel, France
Isotta Chimenti, Italy
Mahmood S. Choudhery, Pakistan
Pier Paolo Claudio, USA
Gerald A. Colvin, USA
Mihaela Crisan, UK
Marcus-André Deutsch, Germany
Varda Deutsch, Israel
Valdo Jose Dias Da Silva, Brazil
Massimo Dominici, Italy
Leonard M. Eisenberg, USA
Georgina Ellison, UK
Alessandro Giacomello, Italy
Maria M. Estima Gomes, Portugal
Cristina Grange, Italy
Stan Gronthos, Australia
Jacob H. Hanna, Israel
David A. Hart, Canada
Yohei Hayashi, Japan

Tong-Chuan He, USA
Boon C. Heng, Hong Kong
Xiao J. Huang, China
Thomas Ichim, USA
Joseph Itskovitz-Eldor, Israel
Elena Jones, UK
Diana Klein, Germany
Valerie Kouskoff, UK
Andrzej Lange, Poland
Laura Lasagni, Italy
Renke Li, Canada
Tao-Sheng Li, Japan
Shinn-Zong Lin, Taiwan
Yupo Ma, USA
Marcin Majka, Poland
Giuseppe Mandraffino, Italy
Athanasios Mantalaris, UK
Cinzia Marchese, Italy
Katia Mareschi, Italy
Hector Mayani, Mexico
Jason S. Meyer, USA
Eva Mezey, USA
Susanna Miettinen, Finland
Toshio Miki, USA
Claudia Montero-Menei, France
Christian Morsczeck, Germany
Federico Mussano, Italy
Mustapha Najimi, Belgium
Norimasa Nakamura, Japan
Karim Nayernia, UK
Krisztian Nemeth, USA
Sue O’Shea, USA
Kishore B. S. Pasumarthi, Canada
Stefan Przyborski, UK
Bruno Pèault, USA

Peter J. Quesenberry, USA
Pranela Rameshwar, USA
Bernard A. J. Roelen, Netherlands
Peter Rubin, USA
Hannele T. Ruohola-Baker, USA
Benedetto Sacchetti, Italy
Ghasem Hosseini Salekdeh, Iran
Antonio Salgado, Portugal
Fermin Sanchez-Guijo, Spain
Heinrich Sauer, Germany
Coralie Sengenes, France
Dario Siniscalco, Italy
Shimon Slavin, Israel
Sieghart Sopper, Austria
Valeria Sorrenti, Italy
Giorgio Stassi, Italy
Ann Steele, USA
Alexander Storch, Germany
Bodo Eckehard Strauer, Germany
Hirotaka Suga, Japan
Gareth Sullivan, Norway
Masatoshi Suzuki, USA
Kenichi Tamama, USA
Corrado Tarella, Italy
Daniele Torella, Italy
Hung-Fat Tse, Hong Kong
Marc L. Turner, UK
Dominik Wolf, Austria
Qingzhong Xiao, UK
Takao Yasuhara, Japan
Zhaohui Ye, USA
Holm Zaehres, Germany
Elias T. Zambidis, USA
Ewa K. Zuba-Surma, Poland
Maurizio Zuccotti, Italy



Contents

Ex Vivo and In Vivo Stem Cells-Based Tissue Engineering Strategies forTheir Use in Regenerative
Medicine
Víctor Carriel , Stefano Geuna , and Miguel Alaminos
Volume 2018, Article ID 7143930, 2 pages

Transplantation of Human Amniotic Membrane over the Liver Surface Reduces Hepatic Fibrosis in a
Cholestatic Model in Young Rats
M. Garrido, C. Escobar, C. Zamora, C. Rejas, J. Varas, C. Córdova, C. Papuzinski, M. Párraga ,
S. San Martín , and S. Montedonico
Volume 2018, Article ID 6169546, 9 pages

High Sensitivity of Human Adipose Stem Cells to Differentiate into Myofibroblasts in the Presence of C.
aspersa Egg Extract
Natalio García-Honduvilla, Alberto Cifuentes, Miguel A. Ortega, Arancha Delgado, Salvador González,
Julia Bujan, and Melchor Alvarez-Mon
Volume 2017, Article ID 9142493, 9 pages

Therapeutic Benefit for Late, but Not Early, Passage Mesenchymal Stem Cells on Pain Behaviour in an
Animal Model of Osteoarthritis
Victoria Chapman, Hareklea Markides, Devi Rani Sagar, Luting Xu, James J. Burston, Paul Mapp,
Alasdair Kay, Robert H. Morris, Oksana Kehoe, and Alicia J. El Haj
Volume 2017, Article ID 2905104, 11 pages

Influence of Different ECM-Like Hydrogels on Neurite Outgrowth Induced by Adipose Tissue-Derived
Stem Cells
E. Oliveira, R. C. Assunção-Silva, O. Ziv-Polat, E. D. Gomes, F. G. Teixeira, N. A. Silva, A. Shahar,
and A. J. Salgado
Volume 2017, Article ID 6319129, 10 pages

Xeno-Free Strategies for Safe HumanMesenchymal Stem/Stromal Cell Expansion: Supplements and
Coatings
M. Cimino, R. M. Gonçalves, C. C. Barrias, and M. C. L. Martins
Volume 2017, Article ID 6597815, 13 pages

Tissue Engineering to Repair Diaphragmatic Defect in a Rat Model
G. P. Liao, Y. Choi, K. Vojnits, H. Xue, K. Aroom, F. Meng, H. Y. Pan, R. A. Hetz, C. J. Corkins, T. G. Hughes,
F. Triolo, A. Johnson, Kenneth J. Moise Jr, K. P. Lally, C. S. Cox Jr., and Y. Li
Volume 2017, Article ID 1764523, 12 pages

TheUse of Adipose-Derived Stem Cells in Selected Skin Diseases (Vitiligo, Alopecia, and Nonhealing
Wounds)
Agnieszka Owczarczyk-Saczonek, Anna Wociór, Waldemar Placek, Wojciech Maksymowicz,
and Joanna Wojtkiewicz
Volume 2017, Article ID 4740709, 11 pages

http://orcid.org/0000-0002-8114-5644
http://orcid.org/0000-0002-6962-831X
http://orcid.org/0000-0003-4876-2672
http://orcid.org/0000-0002-3365-3070
http://orcid.org/0000-0002-2569-1114


In Vivo Articular Cartilage Regeneration Using Human Dental Pulp Stem Cells Cultured in an Alginate
Scaffold: A Preliminary Study
Manuel Mata, Lara Milian, Maria Oliver, Javier Zurriaga, Maria Sancho-Tello, Jose Javier Martin de Llano,
and Carmen Carda
Volume 2017, Article ID 8309256, 9 pages

Ex Vivo Expansion of Human Limbal Epithelial Cells Using Human Placenta-Derived and Umbilical
Cord-Derived Mesenchymal Stem Cells
Sang Min Nam, Yong-Sun Maeng, Eung Kweon Kim, Kyoung Yul Seo, and Helen Lew
Volume 2017, Article ID 4206187, 10 pages



Editorial
Ex Vivo and In Vivo Stem Cells-Based Tissue Engineering
Strategies for Their Use in Regenerative Medicine

Víctor Carriel ,1 Stefano Geuna ,2 and Miguel Alaminos 1

1Department of Histology, Tissue Engineering Group, University of Granada and Instituto de Investigación Biosanitaria, Ibs,
Granada, Spain
2Dipartimento di Scienze Cliniche e Biologiche, Università di Torino, Torino, Italy

Correspondence should be addressed to Víctor Carriel; vcarriel@ugr.es

Received 13 February 2018; Accepted 13 February 2018; Published 15 April 2018

Copyright © 2018 Víctor Carriel et al. This is an open access article distributed under the Creative Commons Attribution License,
which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.

Tissue engineering is an emergent discipline focused on the
generation of bioartificial tissue-like substitutes through the
combination of biomaterials, cells, and growth factors. In this
context, stem cell-based strategies have made substantial
contributions in the field. Researchers worldwide have dem-
onstrated that stem cells have an extraordinary capability to
differentiate into different cell lineages, promote tissue regen-
eration, release a wide range of growth factors, and modulate
the host immune response. Based on the current impact of
tissue engineering and stem cells in medicine, Stem Cells
International set out to publish a special issue focused on
the “Ex Vivo and In Vivo Stem Cell-Based Tissue Engineer-
ing Strategies for Their Use in Regenerative Medicine.” This
special issue resulted in a collection of nine outstanding arti-
cles which include two reviews and seven original studies
made by recognized researchers from seven countries across
Europe, Asia, South America, and North America.

Concerning the review articles, M. Cimino et al. contrib-
uted with a complete review entitled “Xeno-Free Strategies
for Safe HumanMesenchymal Stem/Stromal Cell Expansion:
Supplements and Coatings,” where authors suggest that cul-
ture/expansion of human mesenchymal stem cells under
xeno-free conditions is still needed to improve their clinical
translation. The review made by A. Owczarczyk-Saczonek
et al. discussed “The Use of Adipose-Derived Stem Cells in
Selected Skin Diseases (Vitiligo, Alopecia, and Nonhealing
Wounds),” highlighting that these stem cells are promising
alternatives to generate new engineered or stem cell-based
strategies to treat skin diseases.

In the field of cartilage tissue engineering, two interesting
in vivo studies were published in this special issue. On the
one hand, M. Mata et al. published the article entitled “In
Vivo Articular Cartilage Regeneration Using Human Dental
Pulp Stem Cells Cultured in an Alginate Scaffold: A Prelimi-
nary Study” in which they demonstrated, through different
histological approaches, that human dental pulp stem cells
have a positive impact on the regeneration of articular carti-
lage in rabbits. On the other hand, V. Chapman et al. demon-
strated that late passage marrow-derived mesenchymal stem
cells were more efficient than early passage cells in the treat-
ment of osteoarthritis on their article entitled “Therapeutic
Benefit for Late, but Not Early, Passage Mesenchymal Stem
Cells on Pain Behaviour in an Animal Model of Osteoarthri-
tis.” These articles provide new evidence related to the useful-
ness of stem cells in cartilage tissue engineering.

Currently, adipose-derived mesenchymal stem cells are
considered one of the most promising mesenchymal stem
cells by several and well-supported reasons. Within this spe-
cial issue, N. Garcia-Honduvilla et al. demonstrated that a
natural extract purified from Cryptomphalus aspersa’s eggs
induced the differentiation of adipose stem cells to myofibro-
blast on their study entitled “High Sensitivity of Human Adi-
pose Stem Cells to Differentiate into Myofibroblasts in the
Presence of C. aspersa Egg Extract.” In another interesting
ex vivo approach, E. Oliveira et al. on their article “Influence
of Different ECM-Like Hydrogels on Neurite Outgrowth
Induced by Adipose Tissue-Derived Stem Cells” demon-
strated the synergetic effect of the correct combination of bio-
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materials and adipose stem cells to increase the neurite out-
growth from DRG explants. In these articles, the usefulness
and versatility of adipose stem cells in tissue engineering were
well demonstrated.

Extraembryonic tissues are an important source of stem
cells and natural scaffolds. In this regard, G. P. Liao et al. suc-
cessfully repaired diaphragmatic defects in rats by using
decellularized rat diaphragm containing human amniotic
fluid-derived stem cells on their article entitled “Tissue Engi-
neering to Repair Diaphragmatic Defect in a Rat Model.” In
addition, inorder to solve theproblemassociated to the expan-
sion of epithelial cells, S.M.Namet al. investigated the use two
stem cells sources as feeder cells of corneal epithelial cells on
their article entitled “Ex Vivo Expansion of Human Limbal
Epithelial Cells Using Human Placenta-Derived and Umbili-
cal Cord-Derived Mesenchymal Stem Cells.” In an in vivo
approach, M. Garrido et al. demonstrate the potential clinical
application of amniotic membrane in digestive surgery on
their article “Transplantation ofHumanAmnioticMembrane
over the Liver Surface Reduces Hepatic Fibrosis in a Chole-
static Model in Young Rats.” These three articles highlight
the potential clinical usefulness of extraembryonic-derived
cells and scaffolds in tissue engineering.

Finally, in these nine articles, authors rigorously dis-
cussed and demonstrated the high versatility of different
kinds of stem cells to differentiate, promote tissue healing,
modulate host immune response, and serve as feeder
platform for the ex vivo expansion of differentiated cells. In
conclusion, the articles published in this special issue provide
new tissue engineered-based strategies and scientific evi-
dence that support the potential clinical usefulness of stem
cells in regenerative medicine.

Víctor Carriel
Stefano Geuna

Miguel Alaminos
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Research Article
Transplantation of Human Amniotic Membrane over the Liver
Surface Reduces Hepatic Fibrosis in a Cholestatic Model in
Young Rats
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Purpose. Biliary atresia precedes liver cirrhosis and liver transplantation. Amniotic membrane (AM) promotes tissue regeneration,
inhibits fibrosis, and reduces inflammation. Here, we test amniotic membrane potential as a therapeutic tool against cholestatic
liver fibrosis. Methods. Three groups of rats were used: sham surgery (SS), bile duct ligature (BDL), and bile duct ligature plus
human amniotic membrane (BDL+AM). After surgery, animals were sacrificed at different weeks. Biochemical and
histopathological analyses of liver tissue were performed. Collagen was expressed as a percentage of total liver tissue area. qPCR
was performed to analyse gene expression levels of transforming growth factor-β1 (Tgfb1) and apelin (Apln). Statistical analysis
performed considered p < 0 05 was significant. Results. Groups undergoing BDL developed cholestasis. Biochemical markers
from BDL+AM group improved compared to BDL group. Ductular reaction, portal fibrosis, and bile plugs were markedly
reduced in the BDL+AM group compared to BDL group. Collagen area in BDL+AM group was statistically decreased
compared to BDL group. Finally, expression levels of both Apln and Tgfb1 mRNA were statistically downregulated in
BDL+AM group versus BDL group. Conclusion. AM significantly reduces liver fibrosis in a surgical animal model of
cholestasis. Our results suggest that AM may be useful as a therapeutic tool in liver cirrhosis.

1. Background and Purpose

Biliary atresia is a neonatal disease of unknown etiology
characterized by progressive, inflammatory, and fibroscler-
osing cholangiopathy resulting in obstruction of both
extrahepatic and intrahepatic bile ducts. Despite Kasai
portoenterostomy, 68–80% of patients affected by biliary
atresia develop progressive fibrosis leading to biliary cirrhosis
and portal hypertension [1]. Biliary atresia constitutes the
first cause of pediatric liver transplantation, accounting
for half of cases [2]. In the last two decades, strategies to

improve liver function in biliary atresia have been focused
in early diagnosis and in developing methods to prevent
progressive liver fibrosis.

Animal models play a key role in our understanding of
the molecular basis and natural history of human diseases.
Bile duct ligature (BDL) is a surgical model of cholestasis
that provokes a progressive liver fibrosis leading to liver
cirrhosis [3–5].

In the least years, stem cells have been successfully used
for regenerative therapies against human diseases. The
amniotic membrane retains pluripotential properties from
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epiblastic cells offering anti-inflammatory and antifibrotic
properties; it modulates angiogenesis and favours healing
process. Amniotic membrane has unlimited availability and
has not ethical or legal barriers. Preclinical studies have
demonstrated that amniotic membrane reduces lung and
liver fibrosis in animal models, but only adult animals have
been tested [6–11].

The aim of this study was to test human amniotic
membrane as a potential therapeutic tool against cholestatic
liver fibrosis in young rats.

2. Methods

2.1. Animals. The study was approved by the Institutional
Bioethics Committee for Animal Research of Universidad
de Valparaíso (BEA029-2014). It was carried out according
to the International Guiding Principles regarding the use of
laboratory animals [12].

Sixty-three 3-week-old Sprague-Dawley rats were
divided into three groups: sham surgery (SS, n = 21), bile
duct ligature (BDL, n = 19), and bile duct ligature plus
human amniotic membrane (BDL+AM, n = 20). Numbers
are different because two rats from the BDL group and
one rat from the BDL+AM group died after surgery and
were not analyzed. They had access to drink and food ad
libitum, circadian cycle of light-darkness 12 : 12 h, controlled
humidity (40–70%), and temperature (21± 2°C), with
ventilation of 10 changes air/h.

2.2. Donor Selection and Procurement of Amniotic
Membrane. Full-term placentas were collected from
caesarean section delivery of healthy women donor under
informed consent. Institutional Ethic Committee approved
the protocol of placenta and amniotic membrane donation
(88-04.09.2013).

Placenta and amniotic membrane were processed
under sterile conditions; in a laminar flow hood, blood
clots were removed with saline solution 0.09% plus peni-
cillin [50μg/mL], streptomycin [50μg/mL], and amphoter-
icin B [2.5μg/mL]. Amniotic membrane was isolated from
chorion through blind dissection. These samples were
cultured in order to rule out bacterial or fungal infection. If
cultures were negative, amniotic membranes were frozen in
sterile Petri dish with Dulbecco’s modified Eagle medium
at −80°C and glycerol in 1 : 1 proportion.

2.3. Surgical Procedure. One hour before the operation,
acetaminophen 0.1mL (10 g/100mL) was administered to
3-week-old rats by oral route. The rat was placed in a
transparent acrylic box for anesthetic induction. The rat
was preoxygenated with 99.5± 0.5 pure oxygen at 1 L/min
for 30 s and then anesthetized with isoflurane at 3-4% with
a funnel-fill vaporizer (Harvard Apparatus, Holliston,
MA, USA) until assessed by the absence of voluntary
movements, muscle relaxation, and loss of response to
stimuli reflexes. After that, the rat was placed in a heating
small-animal operating table (Harvard Apparatus, Holliston,
MA, USA). Anesthesia was maintained with a facial mask
with oxygen and isoflurane 2%. The surgical procedure was

performed under clean conditions, using surgical loupes
(magnification 2.5x) and microsurgical instruments. A
superior midline abdominal incision was performed. The
viscera were exposed, the duodenum was exteriorized,
and the common bile duct was identified and dissected.
After that, the common bile duct was ligated into two
parts: a distal ligature was placed just before the entrance
to the pancreas, and a proximal ligature was placed below
the hepatic duct junction, both with 7-0 polypropylene.
After that, the common bile duct was sectioned in the
middle. In the BDL+AM group, human amniotic mem-
brane was sutured to the hepatic surface with 7-0 polypro-
pylene covering the whole liver (Figure 1). The abdomen
was then closed in two layers. In the SS group, the common
bile duct was dissected, but it was not ligated. During
anesthetic recovery, the rats were exposed to infrared light
to prevent hypothermia for 30min and received oxygen until
awake. After surgery, the rats were allowed to feed normally.
After the surgical procedure, rats were followed up on a daily
basis until their sacrifice.

2.4. Euthanasia and Collection of Samples. Rats from
each group were sacrificed in subgroups of 7 on the
2nd, 4th, and 6th postoperative weeks, under general
anesthesia with isoflurane 4% according to the Interna-
tional Guiding Principles regarding the use of laboratory
animals [12]. Weight gain (grams) was recorded before
euthanized. A laparotomy was performed describing the
intra-abdominal anatomy focusing in liver aspect and
biliary duct changes.

2.5. Biochemical Liver Function Analysis. Blood samples
were collected by puncture with a 21-gauge needle from
the infrahepatic inferior cava vein at time of euthanasia.
These were centrifuged at 1000 rpm by 3min and analyzed

Figure 1: After the completion of bile duct ligature procedure, in
the BDL+AM group, human amniotic membrane was sutured to
the hepatic surface covering the whole liver.
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by VetTest® Chemistry Analyzer (IDEXX Laboratories,
Westbrook, ME, USA). Albumin, alkaline phosphatase,
alanine transaminase, gamma-glutamyl transpeptidase, and
total bilirubin were studied.

2.6. Determination of Spleen Index. The spleen was extracted
and weighed (grams) in order to obtain an indirect measure-
ment of portal hypertension expressed as “spleen index”:
spleen weight/body weight× 100 [3].

2.7. Histopathological Examination. The left lateral lobe of
the liver from each rat was subject to histological evaluation.
A sample of the lobe was divided into two samples: the first
sample was kept at 4% buffered paraformaldehyde, embed-
ded in paraffin, sectioned, and stained with hematoxylin-
eosin. The second sample was fixed in methacarn solution
(methanol, chloroform, and acetic acid: 6 : 3 : 1) during 4 h
at 4°C. After that, samples were dehydrated by submerging
into 100% ethanol 3 times for 30 minutes each, cleared in
xylol 3 times for 15 minutes each, and embedded in liquid
paraffin at 60°C 3 times for 30 minutes each, and finally
included in a solid paraffin block. From these blocks, 10 his-
tological sections of 5μm thick were cut, and number 11 was
the selected section for analysis. Another 10 sections of 5μm
were cut, and number 11 was again selected for analysis. At
the end, two sections, 5μm each, separated by 50μm of tissue
were analyzed. This makes a total number of 42 sections from
group SS, 38 sections from group BDL, and 40 sections from
group BDL+AM. This procedure was carried out with every
liver. Selected sections were stained in a sirius red solution
during 1 h for collagen evaluation. The slides were ana-
lyzed in a light microscope (Olympus® CX81, Olympus,
Tokyo, Japan) and photographed (DP71 camera, Olympus,
Tokyo, Japan). Images at 40x, 100x, and 400x magnifica-
tion were captured.

2.8. Collagen Quantification. Ten nonoverlapping photo-
graphs from random fields for each selected section as
described above were taken from two slides per specimen at
100x magnification. We obtained 42× 10=420 images from
group SS, 38× 10=380 images from group BDL, and
40× 10=400 images from group BDL+AM. Images were
exported in .JPG format with a resolution of 1200× 900
pixels in RGB color palette. They were then converted in
TIFF format and processed to enhance the positive marking,
adjusted using the hue-saturation-brightness (HSB) combi-
nation with a graphic editor (Adobe Photoshop CC version
16.1.0, Adobe Systems, San José, CA, USA). Images were
processed in an automated image analyzer (ImageJ version

1.48, US National Institutes of Health, Bethesda, MA,
USA). Threshold colors were adjusted using HSB combina-
tion to select all the positive sirius red marking according to
controls. Selected area was measured in square pixels, and
the staining intensity was measured in an 8-bit gray scale
(0 to 256). The positive area fraction considering a complete
picture of the same resolution was calculated. The process of
analysis was automated using macrocode to process 10
images per cycle. Data were expressed as a percentage of total
liver tissue area.

2.9. Gene Expression. A sample of 100mg from left lateral
lobe of the liver was frozen in liquid nitrogen and used for
gene expression analysis. Total RNA was extracted using
TRIzol® RNA Isolation Reagent (Ambion, Thermo Fisher
Scientific, Waltham, MA, USA) according to the manufac-
turer’s recommendations. Template cDNA was obtained by
reverse transcription of 2μg of total RNA using MMLV
retrotranscriptase (NEB, Ipswich, MA, USA). Reaction
mixtures were incubated at 25°C for 10min, 42°C for
50min, and 70°C for 10min.

Relative quantification of gene expression levels for trans-
forming growth factor-β1 (Tgfb1) and apelin (Apln) genes
was carried out by real-time quantitative PCR (RT-PCR) on
EcoPCR real-time system (Illumina, San Diego, CA, USA)
using cDNA samples obtained as described before. For this
purpose, SYBR® Select Master Mix (Thermo Fisher Scientific,
Waltham, MA, USA) was used according to manufacturer’s
instructions. Specific primers were designed for amplification
of each gene, and their sequences are described below.
Comparative cycle threshold (Ct) values were obtained after
RT-PCR reaction was performed. We used the Ct method
to calculate relative mRNA expression. All quantifications
were normalized by the corresponding expression of β2
microglobulin (B2m) mRNA that served as housekeeping
gene. In addition, results were corrected with the expression
of the same normalized genes in control tissue. Finally, gene
expression differences were calculated using data obtained
from groups according to the time elapsed after surgery.
These differences were shown as “fold change” in the level
of expression of both Apln and Tgfb1 at 2, 4, and 6 weeks
after surgery.

The sequences of the primers used in this study were
presented in Table 1.

2.10. Statistical Analysis. Data are expressed as mean±
standard deviation. ANOVA test was used for comparison
of initial weights between three groups. Nonparametric
Mann–Whitney Rank Sum Test was applied to evaluate other

Table 1: The sequences of the primers.

Gene Sense primer Antisense primer

Tgfb1 5′-AGAGCCCTGGATACCAACTA-3′ 5′-GACCTTGCTGTACTGTGTGT-3′
Apln 5′-TGTCCTCATCCCGTGTGTTC-3′ 5′-AAGCACTCACCTCCCTACA-3′
B2m 5′-CAGTTCCACCCACCTCAGAT-3′ 5′-TTTTGGGCTCCTTCAGAGTG-3′
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differences among groups. A p value< 0.05 was considered
statistically significant. Statistical analysis was performed
using STATA software version 12.0 (StataCorp LP, College
Station, TX, USA).

3. Results

All the rats in the SS group survived the experiments,
while the survival rate in the BDL group was 19/21 and
in the BDL+AM group was 20/21. In both the BDL and
BDL+AM groups, cystic dilatation of the bile duct was
observed in all the rats studied and was a consequence
of the surgical procedure of bile duct ligation model, dem-
onstrating that the bile duct was effectively obstructed.
Cholestasis was clinically evident and progressive in time,
noted by icteric coloration of face, legs, and tail. Additionally,
yellowish pigmentation was observed in the gravel of boxes
(choluria), and stools were clearly pale (acholia) (Figure 2).

At laparotomy, bile-stained tissues, ascites, and splenomegaly
was observed in all the rats studied. All these findings were
progressive in time and were more striking in the rats that
were sacrificed on the 6th postoperative week. In addition,
poor growth of hair in the surgical wound was observed.
Table 2 shows preoperative and postoperative weight and
spleen index in rats. No initial or postoperative differ-
ences were noted in the three groups. In both the BDL
and BDL+AM groups, histological analysis of liver showed
progressive ductular reaction and portal fibrosis with colla-
gen deposition. However, on the 6th postoperative week,
the BDL+AM group presented a marked reduction in these
features (Figure 3 and Table 3). Biochemical liver function
analysis is shown in Table 4. mRNA expression level of Tgfb1
and Apln was significantly higher in the BDL group versus
the BDL+AM group, with values for Tgfb1 of 5.49± 3.7 ver-
sus 0.30± 0.25, respectively (p < 0 01), and values for Apln of
1.40± 0.6 versus 0.39± 0.8, respectively (p < 0 05) (Figure 4).

Figure 2: In comparison with the control group, in both the BDL groups, cholestasis was clinically evident, characterized by icteric coloration
of face, legs, and tail (arrows). Additionally, yellowish pigmentation was observed in the gravel of boxes (choluria), and stools were clearly pale
(acholia) (arrowheads).

Table 2: Preoperative and postoperative weight and spleen index.

Preoperative 2nd PO week 4th PO week 6th PO week

SS (n = 21) Weight 52.65± 6.68 g 129.46± 12.97 g 213.74± 37.74 g 235.19± 37.17 g
Spleen index 0.42± 0.03 0.31± 0.06 0.26± 0.05

BDL (n = 19)
Weight 54.16± 9.41 g 85.29± 38.90 g∗ 154.37± 27.68 g∗ 219.64± 47.99 g

Spleen index 0.38± 0.34 0.60± 0.11 0.54± 0.24∗

BDL+AM (n = 20)
Weight 51.37± 12.95 g 62.08± 15.92 g† 116.74± 25.26 g††‡ 241.30± 48.67 g

Spleen index 0.38± 0.14 0.53± 0.15∗∗ 0.54± 0.28∗

Weight is measured in grams (g), and spleen index in absolute values.
PO: postoperative; SS: sham surgery; BDL: bile duct ligature; AM: amniotic membrane.
∗p < 0 05 sham versus BDL/BDL +AM.
∗∗p < 0 01 sham versus BDL/BDL +AM.
†p < 0 05 sham versus BDL +AM.
††p < 0 01 sham versus BDL + AM.
‡p < 0 01 BDL versus BDL +AM.
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4. Discussion

Biliary atresia constitutes an important problem in pediatric
surgery. The vast majority of patients would need a liver
transplantation. Children undergoing liver transplantation
for biliary atresia are younger than those engrafted for other
conditions displaying a higher risk of complications and
retransplantation [2]. Therefore, studying strategies to
improve liver function secondary to biliary atresia is

mandatory. Three types of animal models have been reported
in biliary atresia: spontaneous, secondary to viral infection,
and surgically created. The sea lamprey (Petromyzon mari-
nus) is a jawless vertebrate that during metamorphosis from
larvae to parasitic juveniles progressively loses the biliary
system until complete biliary degeneration. However, sea
lamprey does not develop cirrhosis during development of
biliary atresia. Intraperitoneal inoculation of mice with
rhesus rotavirus within the first 48 h of postnatal life leads

(a) (b) (c)

(d) (e) (f)

(g) (h) (i)

Figure 3: Representative histological sections stained with sirius red from the three studied groups on the 2nd, 4th, and 6th postoperative
weeks. In the SS group, no changes were noticed (a–c). In the BDL group, a progressive ductular reaction and periportal fibrosis were
evident along the postoperative weeks (d–f). In the BDL+AM group, a progressive ductular reaction and periportal fibrosis were noted on
the 2nd and 4th postoperative weeks (g and h). However, a marked reduction in liver fibrosis was evident on the 6th postoperative week
(i). SS: sham surgery; BDL: bile duct ligature; BDL+AM: bile duct ligature plus amniotic membrane; PO: postoperative. Scale bar
represents 200μm.

Table 3: Collagen quantification.

2nd PO week 4th PO week 6th PO week

SS (n = 21) 4.81± 4.72% 3.05± 3.50% 4.80± 4.15%
BDL (n = 19) 14.25± 6.74%∗∗ 16.29± 9.46%∗∗ 26.96± 11.63%∗∗

BDL+AM (n = 20) 14.70± 6.80%∗∗ 19.28± 9.33%∗∗ 14.57± 9.37%∗∗††‡

PO: postoperative; SS: sham surgery; BDL: bile duct ligature; AM: amniotic membrane.
∗∗p < 0 01 sham versus BDL/BDL +AM.
††p < 0 01 BDL versus BDL +AM.
‡p < 0 05 BDL +AM 4th PO week versus BDL +AM 6th PO week.
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Table 4: Liver function tests.

Sham (n = 6) 2nd PO week (n = 3) 4th PO week (n = 4) 6th PO week (n = 5)

Albumin (g/dL) 2.5± 0 BDL: 2.4± 0.37
BDL+AM: 2.85± 0.07

BDL: 1.88 ± 0.5∗
BDL+AM: 2.9± 0†

BDL: 1.99± 0.17
BDL+AM: 3.33± 0.36‡†

ALT (U/L) 70± 7.07 BDL: 79.75± 17.99
BDL+AM: 106± 0

BDL: 124.6± 58.8
BDL+AM: 76± 7.07

BDL: 79± 46.16
BDL+AM: 56.71± 35.5

Alkaline phosphatase (U/L) 573± 99 BDL: 420± 84
BDL+AM: 324± 0

BDL: 635.6± 197.53
BDL+AM: 419± 56.57

BDL: 421± 172.52
BDL+AM: 278± 171

GGT (U/L) 0± 0 BDL: 24.75± 28.93
BDL+AM: 79± 0

BDL: 35.8± 21.29
BDL+AM: 13.5± 19.09

BDL: 33± 27.4
BDL+AM: 1.86± 3.49††

Bilirubin (mg/dL) 0.1± 0 BDL: 2.73± 2.86
BDL+AM: 10.7± 5.23

BDL: 2.84± 1.68∗
BDL+AM: 2.65± 3.61

BDL: 4.23± 1.12
BDL+AM: 2.39± 2.50

ALT: alanine transaminase; GGT: gamma-glutamyl transpeptidase; PO: postoperative.
∗p < 0 05 BDL versus sham.
‡p < 0 05 BDL +AM versus sham.
†p < 0 05 BDL versus BDL +AM.
††p < 0 01 BDL versus BDL +AM.
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Figure 4: mRNA expression levels of profibrogenic genes in arbitrary units as “fold change.” (a) mRNA expression levels of Tgfb1. In the BDL
group, Tgfb1 exponentially increased along the experiment. Marked differences were noted on the 6th postoperative week between the BDL
group and the BDL+AM group. (b) mRNA expression levels of Apln. In the BDL group, Apln increased in a linear way over time. Marked
differences were also noticed on the 6th postoperative week between the BDL group and the BDL+AM group. Additionally, a reduction in
expression levels of Apln was noticed in the BDL+AM group among the 4th and 6th postoperative weeks. SS: sham surgery; BDL: bile duct
ligature; BDL+AM: bile duct ligature plus amniotic membrane; PO: postoperative. ∗p < 0 05 BDL versus BDL+AM; ∗∗p < 0 01 BDL versus
BDL+AM.
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to injury of the biliary epithelium and subsequent extrahe-
patic biliary obstruction and intrahepatic bile duct prolifera-
tion. However, rhesus rotavirus model is limited by timing
and dosing of virus application, injection-related injury to
abdominal organs, cannibalization, and survival rate of pups.
In addition, mice do not develop liver fibrosis and portal
hypertension because they recover spontaneously [13]. Bile
duct ligature (BDL) is a surgically created animal model
developed by Cameron and Oakley in 1932 that consists in
ligation and excision of the common bile duct, being the most
utilized to replicate cholestasis. BDL is the only animal model
that allows progressive liver damage with long-term follow-
up and recreates associated complications such as portal
hypertension and hepatopulmonary syndrome. Gibelli et al.
demonstrated that histological and molecular findings in
livers of newborn rats submitted to BDL were more similar
to biliary atresia-related fibrosis pattern compared to adult
rats [5]. However, operating on in rat pups is technically
difficult because of the small size of biliary structures and
mortality after the procedure was reported to be as high as
77% [3–5]. In the present study, we developed BDL in 3-
week-old rats. At that age, ligature of the common bile duct
is technically less complex to perform than in newborn rats,
and animals can be kept without their mothers during the
postoperative period avoiding cannibalism. Our study dem-
onstrates that BDL in 3-week-old rats recreates all the histo-
logical and molecular features of biliary atresia, having the
advantages of both neonatal and adult rat models of bile duct
ligature. Additionally, our study demonstrates that the sur-
vival rate of young rats is superior to previous reports due
to appropriate perioperative care in anesthesia and recovery,
by controlled anesthetic delivery and avoiding hypothermia.

Regenerative medicine is an emerging multidisciplinary
field focused on replacing or regenerating human cells, tis-
sues, or organs in order to restore or establish normal func-
tion. A few reports have explored the use of stem cells in
liver failure after biliary atresia. Gupta et al. injected autolo-
gous bone marrow mononuclear stem cells into hepatic
artery and/or portal vein in eight patients demonstrating an
initial improve in liver function [14]. After that experience,
the authors included fifteen children with biochemical and
scintigraphic improvement at 1-year follow-up [15]. Other
authors reported a 1-year-old girl treated with hepatic
progenitor cell infusion through the hepatic artery with
decreased in serum bilirubin values and a scintigraphy show-
ing increased liver cell function after 2 months [16].

However, the use of stem cells has some drawbacks.
Embryonic stem cells collection implies important ethical
barriers. Embryonic stem cells also have tumorigenic capac-
ity. Adult mesenchymal stem cells are present in lower con-
centration, require invasive procedures for collection, and
have limited proliferation [17]. In contrast, amniotic mem-
brane, the innermost layer of fetal membranes, has many
advantages over other sources of stem cells. Placenta is a
readily available organ, with minimum ethical and legal bar-
riers. There is no need for invasive procedures, and amniotic
membrane stem cells are no tumorigenic. Moreover, stem
cells from amniotic membrane induce apoptosis in neoplas-
tic cells [18]. Amniotic stem cells have more plasticity and

do not have accumulative damage in DNA, supporting better
time lapse in preservation conditions [10]. Other properties
of amniotic membrane include barrier mechanism and anal-
gesic effects, when used as a biological dressing, preventing
desiccation and excessive fluid loss, protecting exposed sensi-
tive nerve ends in wound bed from the environment. Low
immunogenicity is another property of amniotic membrane.
This is explained by lack of human leukocyte antigen (HLA)
class A, B, and DR and costimulatory molecules CD40,
CD80, and CD86 in human amniotic cells [19]. Amniotic
membrane promotes epithelization by releasing of growth
factors and retains basement membrane components that
influence proliferation, migration, and differentiation of
epithelial cells. Additionally, amniotic membrane has anti-
bacterial properties by production of human beta-3-defensin,
elastase inhibitors, secretion of leukocyte proteinase inhibi-
tor, lactoferrin, and IL-1RA. Finally, amniotic membrane
has a role in angiogenesis modulation. It produces pro-
angiogenic compounds such as vascular endothelial growth
factor (VEGF) and basic fibroblastic growth factor (bFGF).
On the other hand, amniotic membrane produces anti-
angiogenic factors as thrombospondin-1, IL-1RA, collagen
XVIII, IL-10, some tissue metalloprotease inhibitors, and
pigment epithelium-derived factor [19].

The use of amniotic membrane in hepatic disease models
is emerging. A study demonstrated a reduction in pro-
inflammatory cytokines IL-6 and TNFα after intravenous
administration of human amniotic epithelial cells in a carbon
tetrachloride toxic model [6]. Sant’Anna et al. demonstrated
a reduction in liver fibrosis after amniotic membrane
application on the liver surface in a bile duct ligature model;
however, they used adult rats [8, 11]. In the present study, we
demonstrated a reduction in hepatic fibrosis in young rats by
liver function analysis, by collagen quantification, and by
analysis of profibrotic genes.

Liver diseases are characterized by a catabolic state
compromising nutrition. In our study, weight gain was
recorded in the three groups along the experiments. At the
end of study, no significant differences were noted among
the three groups. These findings may be due to compensatory
weight gain in both the BDL and BDL+AM groups by devel-
opment of hepatosplenomegaly and ascites as a consequence
of a progressive liver fibrosis and portal hypertension. Spleen
index is a ratio between spleen weight and body weight that
allows to study the presence of splenomegaly and secondary
portal hypertension [3]. In our study, both the BDL and
BDL+AM groups developed progressive increase in spleen
index, without differences among them. Previous studies
using amniotic membrane in liver diseases have not mea-
sured the spleen index [6–11].

Adult mice treated with injection of human amniotic
epithelial cells showed lower levels of alanine transaminase
after injection [6]. Similarly, our results show an improve-
ment in liver function tests, but only albumin and gamma-
glutamyl transpeptidase had a significant change most
probably due to the limited number of samples studied.

Liver fibrogenesis is a dynamic wound healing-like pro-
cess leading to progressive accumulation of extracellular
matrix components. Histopathological liver changes in
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biliary atresia include ductular reaction, portal fibrosis, and
bile plugs. Ductular reaction consists in proliferation of small
interanastomosing ductules located at the periphery of portal
tracts and represents the most consistent indicator of the
presence of biliary obstruction [20]. Portal fibrosis pattern
is characterized by formation of portal–portal fibrotic septa
surrounding liver nodules [21]. Collagen quantification by
digital image analysis allows a more precise and objective
measurement of fibrosis avoiding interobserver variations
[22]. All ductular reaction and portal fibrosis were found in
rat livers after BDL procedure and were clearly progressive
in time, as demonstrated by collagen quantification. After
six weeks of treatment with amniotic membrane, a significant
reduction of liver fibrosis was evident. Manuelpillai et al.
injected human amniotic epithelial cells into a carbon tetra-
chloride model of liver fibrosis. They demonstrated a reduc-
tion in one third of hepatic fibrosis assessed by image analysis
of sirius red stained slides [6]. Sant’Anna et al. applied amni-
otic membrane in a bile duct ligature model of liver fibrosis in
adult rats [8]. They demonstrated a reduction of a half in
collagen deposition in the treated group assessed by image
analysis of Goldner’s modified Masson trichrome stained
slides [8]. Recently, then same authors demonstrated similar
results in a bile duct ligature model of liver fibrosis in adult
rats using sirius red staining. Our results show the same
reduction in collagen deposition after amniotic membrane
treatment in young rats.

In order to explain the potential mechanism involved in
fibrosis reduction by human amniotic membrane, we
explored the expression levels of two profibrotic genes: an
established major profibrogenic cytokine, Tgfb1, and a novel
involved protein in liver fibrosis recently linked to prognosis
of biliary atresia patients, Apln.

TGF-β is a central regulator in chronic liver diseases
that contributes to all stages of disease progression from
initial liver injury through inflammation and fibrosis to
cirrhosis and hepatocellular carcinoma. TGF-β1 isoform is
considered as a major profibrogenic cytokine. TGF-β1 reg-
ulates a wide variety of cellular processes in liver fibrogen-
esis, including apoptosis of hepatocytes, enhance hepatocyte
destruction, hepatic stellate cell and fibroblast activation
with type I collagen production, recruitment of inflamma-
tory cells into injured liver, and transdifferentiation of some
liver-resident cells. In our study, Tgfb1 gene expression had
an exponential overexpression on the 6th postoperative
week in the BDL group in accordance with the previous
reports [23]. TGF-β1 inactivation reduces collagen synthe-
sis, and this pathway is indicated as accountable for rever-
sion of liver fibrosis by amniotic membrane. This effect
over Tgfb1 expression and type I collagen deposition has
also been implied in playing a role in scarless fetal wound
healing [19]. In addition, collagen deposition reduction
was observed in a lung fibrosis model by induction of a
collagen-degrading environment with altered proteases
levels [7]. Our results show that the BDL+AM group Tgfb1
gene expression was significantly downregulated on the 6th
postoperative week demonstrating that amniotic membrane
reverses collagen deposition by inhibiting Tgfb1 gene expres-
sion in cholestatic young rats.

Apelin, the endogenous ligand of angiotensin-like-
receptor 1, is an emergent peptide involved in liver disease.
Chen et al. demonstrated that apelin is overexpressed in
livers of biliary atresia patients according to progression of
disease and that is markedly activated in end-stage cirrhosis
[24]. The authors demonstrated that apelin expression level
accurately reflects the severity of hepatic fibrosis and pro-
posed that it could be used as a prognostic factor in biliary
atresia patients, to estimate the timing of liver transplanta-
tion [24]. Our results show a linear progressive overexpres-
sion of Apln in the BDL group. In the BDL+AM group,
Apln showed a downregulation in association to reversion
of collagen deposition. This study is the first to evaluate Apln
expression in a cholestatic model in young animals. Our
results support the use of apelin as a prognostic factor in
biliary atresia.

In conclusion, human amniotic membrane applied
over liver surface reverses by near 50% liver fibrosis in a
surgical model of cholestasis in young animals. These
results suggest that amniotic membrane may be useful as
a therapeutic tool against liver fibrosis in neonatal and
childhood cholestatic disorders.
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Introduction. Regeneration therapy using adipose-derived stem cells (ADSC) has been proposed in the treatment of skin aging.
Myofibroblast plays a relevant role in the organization of the extracellular matrix of the damaged skin. A natural extract was
derived from the eggs of the mollusk Cryptomphalus aspersa (e-CAF) that seems to play a role on skin repair. We have
investigated the potential effects of e-CAF in the differentiation of ADSC. Materials and methods. ADSC were cultured in the
absence or presence of e-CAF (50 and 200μg/mL) for 24 hours and 7 days. Real-time cell assay, morphological,
immunofluorescence, and RT-PCR techniques were used to evaluate the cell culture and expression of αSMA, collagen I, and
tropoelastin. Results. e-CAF induced significant reduction in the rate of growth of ADSC from 24 hours to 7 days of culture.
e-CAF also induced bigger sizes, higher levels of cytoplasmic refringence and complexity, and a more polyhedral
morphological changes in the cultured ADSC. The protein and mRNA expression of αSMA was significantly increased in
e-CAF-cultured ADSC. Conclusion. e-CAF promotes ADSC differentiation to myofibroblasts and should be considered as a
potential agent for the prevention and treatment of skin aging.

1. Introduction

Aging is a complex physiological process which causes a pro-
gressive decrease in the functionality of all human tissues,
including skin. In the course of aging, the skin is subject to
a number of agents or conditions which, together, are known
as exposome. The skin exposome consists of external and

internal factors and their interactions, as well as the
response of the human body to these factors that lead to
biological and clinical signs of skin aging [1]. Among the
internal factors, genetics, metabolism, and hormones
should be highlighted, while the main environmental
factors include solar radiation and pollution, which add
up to trigger photoaging [2, 3].
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The clinical signs of aged skin manifest as wrinkles,
dermal atrophy, and impaired wound healing, in part
due to alterations in the organization and remodeling pro-
cess of the extracellular matrix (ECM). Its main compo-
nents, collagen and elastin, provide strength and elasticity
to the tissue. Their degradation, which is increased during
aging, elicits loss of structural integrity and decreased
repair ability [2, 4].

After the skin is injured, repair mechanisms are activated,
including transforming growth factor-beta (TGFβ) expres-
sion, which induces fibroblast proliferation and migration
to the wound site, and their differentiation towards myofibro-
blasts by increasing the expression of α-smooth muscle actin
protein (α-SMA), promoting the secretion and assembly of
new ECM components that renew the skin structural support
and being responsible for tissue contractility during matura-
tion [5, 6]. During aging, the loss of ECM compromises this
process and impairs the competence of the skin to success-
fully ensure scar formation and wound healing [7–9].

New treatments approaching the endogenous regenera-
tive properties of the skin have been under extensive research
in the last years [10], being especially promising are those
focused in the fields of tissue engineering and regenerative
medicine. Adipose-derived stem cells (ADSC) have emerged
as a particularly relevant cell population to be targeted for
these purposes. Their abundance, accessibility, and mini-
mally traumatic harvesting, along with their ability to differ-
entiate into several cell lineages, make ADSC a great
candidate for advanced therapeutic uses [11–14]. ADSC can
act in a paracrine fashion by secreting an assortment of
growth factors, including insulin-like growth factor (IGF),
vascular endothelial growth factor (VEGF), transforming
growth factor-beta 1 (TGF-β1), and hepatocyte growth factor
(HGF) [15, 16]. Besides, in addition to the potential of these
cells to differentiate to osteogenic, chondrogenic, and adipo-
genic lineages, several studies have shown their capability to
transform into cells involved in cutaneous repair, such as
endothelial cells, keratinocytes, fibroblasts, and myofibro-
blasts [15–19]. ADSC have wound-healing and antioxidant
effects on human skin via secretion of growth factors and
activation of dermal fibroblasts. Thus, ADSC and its secre-
tory factors are effective in wrinkles resulting from photoag-
ing. The antiwrinkle effect is mainly mediated by reducing
UVB-induced apoptosis and stimulating collagen synthesis
of human dermal fibroblasts [12–14]. However, it has been
described that age can cause changes in the function and dif-
ferentiation ability of ADSC [20]. Therefore, the use of agents
able to attenuate these effects could be useful in the treatment
of skin aging.

In this regard, natural ingredients derived from the
mollusk Cryptomphalus aspersa have been developed and
assessed as regenerative agents for cutaneous tissue [16–20].
Its secretion (SCA) has been demonstrated to possess anti-
oxidant and skin regenerative properties, preserving the
survival of keratinocytes and fibroblasts and ECM dynamics,
while promoting their mitogenic and motogenic activities
during wound healing [21–27]. Moreover, a novel ingredient
derived from an extract of the eggs of C. aspersa (e-CAF) has
been recently developed, showing promising effects for the

treatment of skin aging. In a recent study using human kera-
tinocytes (HaCaT), human dermal fibroblasts (HDF), and
senescent fibroblasts (SHDF), it has been demonstrated that
e-CAF is able to induce migration and ECM production in
these cell lines, while improving cytoskeletal organization.
Furthermore, e-CAF showed antiaging properties, reducing
the expression of age-related markers and preventing cell
death due to ultraviolet radiation [28]. Furthermore, e-CAF
has shown to promote migration of human hair dermal
papilla cells (HDDPCs), also increasing their migratory
behaviour and modulating the expression of adhesion mole-
cules, suggesting its possible role on skin regeneration and
prevention of tissue damage and skin aging [29].

In the present work, the in vitro effects of e-CAF on
human ADSC have been assessed. Firstly, the cell prolifera-
tion and morphology of the natural extract derived from
the eggs of mollusk Cryptomphalus aspersa, e-CAF, was
assayed. For that, real-time cell assay (RTCA) was used to
assay the capacity of e-CAF to modulating ADSC growth
and size from 24 hours to 7 days of cultures. Likewise, the
extract showed signs of a prodifferentiation activity. Subse-
quent analysis of myofibroblast markers showed an increase
of this cell type in treated ADSC, pointing to an inductive
effect of e-CAF towards this cell lineage. For this determina-
tion, the selected markers were expression of αSMA, a cyto-
skeletal protein commonly used as a myofibroblast marker.
These data suggest that e-CAF might modulate the effect in
the ADSC differentiation. This activity could be considered
as a potential photoaging agent due to capacity of tissue
repair and prevention of aging.

2. Materials and Methods

2.1. Cell Culture. Human ADSC were purchased from a
commercial supplier (StemPro®, Gibco®, Thermo Fisher Sci-
entific, Waltham, MA, USA) and cultured in MesenPro RS™
medium (Gibco) in a humidified incubator at 37°C in a 5%
CO2 atmosphere. The cells were maintained at subconfluence
and were subcultured when necessary. All experiments were
carried out using cells from the second to the fourth passages.

2.2. Ingredient. e-CAF (Industrial Farmacéutica Cantabria,
S.A., Madrid, Spain), an ingredient derived from the eggs of
C. aspersa, was prepared as described by Espada et al. [28].
Briefly, the spawn was collected, rinsed at low pressure,
immersed in saline solution, and kept at between 2°C and
8°C. Then, intact snail spawn was obtained by filtration
through a mesh and lysed. e-CAF was homogenized in
DMEM (Gibco) and filtered through 0.22μm filters to create
a stock solution, and total protein concentration was mea-
sured by Bradford, as elsewhere described. Treatment media
were prepared by mixing 4/5 of MesenPro RS with 1/5 of the
stock solution and/or basal DMEM, to a final concentration
of 50μg/mL (e-CAF-50 group), 200μg/mL (e-CAF-200
group), and 0μg/mL (CTRL group). Cells belonging to each
of the study groups were cultured in the corresponding
medium for 7 days, receiving a cell culture medium change
at day 4.
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2.3. Real-Time Cell Assay (RTCA) and Morphological Studies.
The growth of the different groups was measured using a
label-free, impedance-based RTCA system (xCELLigence
RTCA SP, Roche Diagnostics, Basel, Switzerland). ADSC
were seeded in 96-well E-plates at 2000 and 1000 cells per
well and maintained in growth medium for 24 hours, before
switching to the different treatment media. Subsequently, cell
growth was studied for 7 days, before the cultures could reach
confluence. Cell index (CI) was recorded every 30 minutes
and normalized to the values at 24 h. For each group and cell
concentration, the mean slope of the curves between the start
of the treatment and the end of the experiment was calcu-
lated. Duplicate parallel plates were prepared in regular clear
96-well plates to allow the visualization and photography of
the cultures during the experiment, using an Axiovert 40C
inverted microscope equipped with an AxioCam ICc1 digital
camera (Carl Zeiss, Oberkochen, Germany). Three indepen-
dent experiments were carried out, each of them in triplicates.

To further assess the morphology and size of the cells,
ADSC were seeded onto sterile 12mm diameter glass cover-
slips and cultured as described above. Cells were fixed with
4% paraformaldehyde, subjected to standard haematoxylin-
eosin staining and visualized in a Zeiss Axiophot micro-
scope equipped with an AxioCam HRc digital camera (Carl
Zeiss). The mean area of the cells in each group of three
different experiments was measured in nine random high-
magnification fields (10 cells/field) using ImageJ software
(NIH, Bethesda, MD, USA).

2.4. Immunofluorescence. The presence of αSMA, a myofi-
broblast marker, was detected and quantified by immunoflu-
orescent labelling. Fixed cells were permeabilized with 0.1%
Triton X-100, blocked with 3% bovine serum albumin, and
incubated with anti-αSMA monoclonal antibody (clone
1A4, Sigma-Aldrich, St. Louis, MO, USA). FITC-labelled
anti-mouse antibody (Sigma-Aldrich) was used as secondary
antibody, and nuclei were counterstained with DAPI as else-
where described. Negative controls, exposed to 3% BSA
instead of primary antibody, were included. Cells were
observed using a Leica TCS SP5 confocal microscope (Leica
Microsystems, Wetzlar, Germany), and the percentage of
αSMA-positive cells of three independent experiments was
evaluated in nine random high-magnification fields.

2.5. Real-Time PCR. Total RNA was isolated from the
cultures by standard guanidinium thiocyanate-phenol-
chloroform extraction procedures using TRIzol (Thermo
Fisher Scientific). RNA was recovered from the aqueous
phase by precipitation, and its quantity and purity were
assessed by measuring optical density at 260/280 and
260/230 nm in a NanoDrop ND-1000 spectrophotometer
(Thermo Fisher Scientific).

Complementary DNA was synthesized from 200ng of
total RNA by reverse transcription (RT) with oligo-dT
primers and the M-MLV reverse transcriptase enzyme
(Thermo Fisher Scientific). cDNA was quantified by real-
time PCR, using the relative standard curve method, in a
StepOnePlus™ System (Thermo Fisher Scientific). The
following primers were used: αSMA (Fwd 5′-AGC GTG

GCT ATT CCT TCG TT-3′ and Rev 5′-CCC ATC AGG
CAA CTC GTA ACT-3′), collagen type I (Fwd 5′-CCA
TGT GAA ATT GTC TCC CA-3′ and Rev 5′-GGG GCA
AGA CAG TGA TTG AA-3′), tropoelastin (Fwd 5′-GTG
TAT ACC CAG GTG GCG TG-3′ and Rev 5′-CGA ACT
TTG CTG CTT TAG-3′), and GAPDH (Fwd 5′-GGA AGG
TGA AGG TCG GAG TCA-3′ and Rev 5′-GTC ATT GAT
GGC AAC AAT ATC CAC T-3′). The samples were sub-
jected to an initial stage of 10min at 95°C, followed by 40
cycles of 15 s at 95°C, 30 s at 59.5°C (TE), 59.9°C (αSMA) or
60.0°C (Col-I, GAPDH), and 1min at 72°C. Four indepen-
dent experiments were carried out, and each experiment
was run in triplicates, including a no-template control in each
reaction. GAPDH was used as reference gene.

2.6. Statistical Analysis. Statistical software GraphPad Prism
5 (GraphPad Software Inc., La Jolla, CA, USA) was used to
analyse the data. Groups were compared using ANOVA
followed by Tukey-Kramer test. Non-Gaussian data sets
(RT-PCR) were normalized by logarithmic transformation
priortostatisticaltesting.Dataareexpressedasmean± standard
error of the mean (SEM). Levels of significance were set at
∗p ≤ 0 05, ∗∗p ≤ 0 01, and ∗∗∗p ≤ 0 001.

3. Results

3.1. e-CAFModulates ADSC Growth and Size. First, we inves-
tigated the effects of e-CAF on the growth of ADSC. RTCA
experiments showed that the addition of e-CAF to culture
media caused a significant reduction in the rate of growth
of ADSC. This effect of e-CAF on ADSC cultures was
observed at both concentrations (50μg/mL and 200μg/mL),
as well as at two different densities of cell seeding. The sig-
nificant inhibitory effect of e-CAF was patented as soon as
24 hours after the addition of the product to the cultures
and remained for the following 7 days of the study
(Figures 1(a)–1(d)). The disturbances in the curves observed
at day 4 were caused by the medium change procedures.
The analysis of the slopes corresponding to the interval of
the experiment showed significant differences between the
treated groups and control group, with greater values in
the case of untreated ADSC curves.

Next, we investigated whether e-CAF had any effects on
the morphology of ADSC. The presence of e-CAF in the cul-
ture media induced morphological changes in the cells at
both concentrations. e-CAF-cultured cells presented bigger
sizes and a more polyhedral shape at 7 days (Figure 1(e)).
Changes in ADSC morphology were observed since day 5
(data not shown). Furthermore, at 7 days of culture, ADSC
treated with e-CAF showed higher levels of cytoplasmic
refringence and complexity, suggesting the presence of a
more developed cytoskeleton. In contrast, ADSC cultivated
in medium alone mainly showed a spindle-shaped, more
numerous cells which covered more culture surface, near
to confluence.

We also performed haematoxylin-eosin staining of the
ADSC cultures in the presence or absence of e-CAF after 7
days of culture (Figure 2). There was no evidence of increased
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cell death in ADSC cultures due to the presence of e-CAFwith
any of the concentrations. The mean size of the cells,
measured as cellular area, was higher in the ADSC treated
with both concentrations of e-CAF than in the control group.
Since the RTCA showed a higher growth of control cultures,
and the cells of this groupweremarkedly smaller, these results
show a double effect of e-CAF upon ADSC, both reducing
their proliferation and promoting the gain of cellular volume.

3.2. e-CAF Increases the Proportion of αSMA-Positive ADSC.
Next, we investigated the effects of e-CAF on the differentia-
tion of ADSC to myofibroblasts by immunofluorescent

detection of the expression of αSMA, a cytoskeletal protein
commonly used as a myofibroblast marker (Figure 3). The
quantificationof theproportionofpositive cells showed signif-
icant differences in the treated groups. Although positive cells
were also found in the control group (32.76%± 4.11%), higher
values were observed in both e-CAF-50 (48.59%± 3.62%) and
e-CAF-200 (49.80%± 4.41%) groups, without significant
differences between them.

Furthermore, we also investigated the morphology of
ADSC expressing αSMA. In both e-CAF-treated and e-CAF-
untreated ADSC, αSMA-positive cells showed aligned cyto-
skeletal microfilaments. It was also observed that these cells

Time (in hour)

N
or

m
al

iz
ed

 ce
ll 

in
de

x
3.60
3.23
2.86
2.49
2.12
1.75
1.38
1.01
0.64
0.27

−0.10
0.0 28.0 56.0 84.0 112.0 140.0 168.0 196.0

(a)

Time (in hour)

N
or

m
al

iz
ed

 ce
ll 

in
de

x

5.30
4.76
4.22
3.68
3.14
2.60
2.06
1.52
0.98
0.44

−0.10
0.0 28.0 56.0 84.0 112.0 140.0 168.0 196.0

(b)

CTRL e-CAF 50 e-CAF 200

Sl
op

e (
1/

h)

0.000

0.005

0.010

0.015
⁎⁎⁎

⁎⁎⁎

(c)

Sl
op

e (
1/

h)

CTRL
0.00

0.01

0.02

0.03

0.04

e-CAF 200

⁎⁎

⁎⁎

e-CAF 50

(d)

CTRL e-CAF 50 e-CAF 200

(e)

Figure 1: Effects of e-CAF on ADSC growth. RTCA graphs at two seeding densities, 2000 (a) and 1000 (b) cells/well. Normalization
point was set at 24 h (vertical bar). Points represent the mean normalized cell index (CI) of three experiments run in triplicate± SD
for untreated ADSC (blue), cells treated with 50 μg/mL e-CAF (light green), and cells treated with 200 μg/mL e-CAF (dark green).
Slope values computed from the RTCA between the normalization point (day 0) and the end of the experiment (day 7) at 2000
(c) and 1000 (d) cells/well seeding densities. ∗∗p ≤ 0 01 and ∗∗∗p ≤ 0 001. (e) Representative photographs of ADSC cultures from each
group at day 7.
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tended to possess a greater extent of cytoplasm, frequently
concurrent with polyhedral shapes.

3.3. e-CAF Upregulates the Expression of αSMA in ADSC. To
further assess the extension to which e-CAF induces ADSC
differentiation, mRNA levels of myofibroblast markers, such
as αSMA, type I collagen, and tropoelastin, were measured by
real-time quantitative PCR in ADSC cultured in the presence
and absence of e-CAF for 7 days (Figure 4). The expres-
sion of αSMA showed an increase in the treated groups
compared to the control group, reaching statistical signif-
icance in the e-CAF-200 group. No significant differences
were observed in the expression of the extracellular matrix
proteins type I collagen and tropoelastin, although in both
cases, the e-CAF-200 group showed a clear trend to
express higher mean values of these proteins than the
control group.

4. Discussion

Aging causes changes in the structure and physiology of all
tissues and organs. However, being the outermost part of

the organism, the skin is exposed to additional aggressions
that aggravate this process, leading to the clinical condition
of photoaging [8]. Extensive research has been carried out
aiming to find suitable agents capable of overcoming these
age-related effects on the skin. To this end, many natural
products have been assessed as reparative agents, mainly
due to their antioxidant and anti-inflammatory properties
[30, 31]. In this work, an extract obtained from the eggs
of the mollusk Cryptomphalus aspersa (e-CAF) has been
tested on human ADSC cultures in order to assess its
effects on this cell lineage which may give rise to cells with
cutaneous phenotype.

The growth of the cultures exposed to e-CAF was mea-
sured byRTCA.This novel technology is based on the changes
of impedance registered in a cell culture e-plate covered by
electrodes, allowing a noninvasive and label-free monitoring
of the cultures [32]. This system has proven to be a powerful
tool in the evaluation of proliferation,migration, and invasion
of different cell cultures [33, 34], in the measurement of cyto-
toxic effects of different substances [32, 35] and in the assess-
ment of stem cell viability and optimal time of use for cell
therapy [36]. In our study, two different concentrations of
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Figure 2: Effects of e-CAF on ADSC size and morphology. Morphometrical studies of the cells at culture day 7. Representative photographs
of the study groups are shown (haematoxylin-eosin, bars: 100μm). Graph represents the mean area of cells in each group, measured within
nine fields (10 cells/field) of three experiments. An increase of the cellular size in groups exposed to 50 μg/mL e-CAF and 200 μg/mL e-CAF
can be observed. ∗∗∗p ≤ 0 001.
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e-CAF caused a decrement of ADSC proliferation rate,
without observing any cytotoxic effect. Instead, the moni-
toring of the replica plates showed morphological changes
in the e-CAF groups compatible with a cell differentiation
process compared to control cells, and these observations

were also confirmed by quantification of cellular size. Since
in the RTCA experiments, both cell proliferation and cell
growth can contribute to an increase of the CI, the bigger
sizes of treated cells indicate that the differences between
the e-CAF and control groups in proliferation rates are
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Figure 3: Effects of e-CAF on αSMA expression. Immunofluorescence detection of the myofibroblast marker αSMA (green) in the three
groups (bars: 50 μm). Cell counts (graph) showed a higher percentage of positive cells for this marker in both e-CAF-treated groups. The
results are expressed as the mean of positive cells per field, measured within nine fields of three experiments. ∗p ≤ 0 05.
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Figure 4: Effects of e-CAF on ADSC gene expression. Gene expression of α-smooth muscle actin (αSMA), collagen I (Col I), and tropoelastin
(TE) in the three experimental groups, measured by RT-qPCR. GAPDH was used as reference gene. The results are log-transformed and are
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even more robust than those recorded. These results are
aligned with the finding of Alameda et al. [29] that
observed a significant decrease in proliferation of human
hair dermal papilla stem cells (HHDPCs) with similar
concentration of e-CAF (50 and 200μg/mL).

The observed tendency to change the spindle-shaped
characteristic of ADSC [15] to a more polyhedral one, with
a prominent cytoskeleton, and the reduced proliferation rate
suggested a possible effect of e-CAF favoring differentiation
of ADSC towards myofibroblast lineage. Therefore, we exam-
ined the presence of αSMA, the most widely used marker to
identify myofibroblasts [19, 37], in our cells. While positive
cells were found in all groups, e-CAF treatment significantly
increased the percentage of αSMA-positive cells compared to
untreated cells, which confirmed our hypothesis. Accord-
ingly, ADSC have been previously reported as capable to
differentiate into αSMA-expressing cells, including vascular
smooth muscle cells [38] and myofibroblasts, which also
show high plasticity in the modulation of their contractile
and migratory phenotypes [18]. This plasticity could partially
explain the mild differences observed in collagen type I and
tropoelastin mRNA levels, as the expression of ECM proteins
is greatly upregulated in contractile myofibroblasts, induced
mainly by TGF-β1 [18]. Additionally, these cultures lack
many stimuli that are naturally present in vivo and cause
ECM secretion by myofibroblasts, such as mechanical forces,
and especially TGF-β1 and its interaction with many com-
ponents of the matrix, which greatly modulates their action
[37, 39, 40]. It must be noted, however, that the greatest
level of expression for the three studied genes was found
in the e-CAF-200 group, which could be suggestive of a
more advanced differentiation in the group treated with
the higher concentration. The observed effect of e-CAF favor-
ing differentiation of ADSC towards myofibroblast lineage is
not restricted to these stem cells. It has ben also shown that
e-CAF exert differentiation effects of HHDPCs to the main
skin cell lineages towards myofibroblast, a specific fibroblas-
toid phenotype [29]. The molecular mechanism of the myofi-
broblast differentiation promotion observed with e-CAF
treatment has not been established, but it is possible to suggest
it may be able to mimicry the TGF-β1 regulatory effects.

Aging has been related to a failure in fibroblast-to-
myofibroblast differentiation, concurrent with lower genera-
tion of hyaluronic acid [41]. Being myofibroblasts as one of
the main ECM-secreting cells, the inductive effect upon
ADSC of e-CAF towards this lineage could be beneficial in
the treatment of cutaneous aging. Related to this, recent stud-
ies have shown that e-CAF also has several proregenerative
effects on other cutaneous cell types, such as keratinocytes
and fibroblasts [28].

Moreover, functional stem cell units have been described
throughout all layers of human skin: hair follicle bulge,
interfollicular epidermis, dermal papillae, and perivascular
hypodermal adipose tissue. Their secretome may be of great
use due to the broad range of growth factors and other signal-
ling molecules they produce [42]. However, in the course of
aging, important changes occur in stem cell populations,
reducing their pool, diminishing their functionality, and
altering their niches [43–45], which in turn aggravate the

aging process. Therefore, the existence of treatments capa-
ble of modulating stem cell activity and differentiation
would be desirable.

In the last few years, ADSC have become a promising
tool in the treatment of skin aging. Stem cell-based thera-
pies offer tremendous potential for skin regeneration.
ADSC have shown to paracrinally induce collagen synthe-
sis and angiogenesis, while reducing the levels of matrix
metalloproteinase-1 (MMP-1) and cell apoptosis [12, 13].
It has also been suggested that ADSC could play a role
in preventing the accumulation of advanced glycation
end-products (AGEs) associated with aging [14]. Since the
activity of these stem cells can be so beneficial to ameliorate
the effects of skin aging, resident ADSC from the perivascular
hypodermis emerge as a potential target for antiaging treat-
ments, such as e-CAF.

5. Conclusion

Our results show that e-CAF promotes ADSC differentia-
tion to myofibroblasts and should be considered as a
potential agent for the prevention and treatment of skin
aging. These modulatory effects of e-CAF on ADSC expand
those described on HHDPC differentiation and indicate
that e-CAF could exert its activity on multiple types of skin
cells and should be considered as a potential agent for the
prevention and treatment of skin aging.
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Background. Mesenchymal stem cells (MSCs) have a therapeutic potential for the treatment of osteoarthritic (OA) joint pathology
and pain. The aims of this study were to determine the influence of a passage number on the effects of MSCs on pain behaviour and
cartilage and bone features in a rodent model of OA.Methods. Rats underwent either medial meniscal transection (MNX) or sham
surgery under anaesthesia. Rats received intra-articular injection of either 1.5× 106 late passage MSCs labelled with 10μg/ml
SiMAG, 1.5× 106 late passage mesenchymal stem cells, the steroid Kenalog (200 μg/20 μL), 1.5× 106 early passage MSCs, or
serum-free media (SFM). Sham-operated rats received intra-articular injection of SFM. Pain behaviour was quantified until day
42 postmodel induction. Magnetic resonance imaging (MRI) was used to localise the labelled cells within the knee joint. Results.
Late passage MSCs and Kenalog attenuated established pain behaviour in MNX rats, but did not alter MNX-induced joint
pathology at the end of the study period. Early passage MSCs exacerbated MNX-induced pain behaviour for up to one week
postinjection and did not alter joint pathology. Conclusion. Our data demonstrate for the first time the role of a passage number
in influencing the therapeutic effects of MSCs in a model of OA pain.

1. Introduction

Osteoarthritis (OA) is the most common joint disease in
adults, and current prevalence is 12% in the population> 60
years,whichwill escalateover thenext20years [1, 2].Although
there is controversy in the field, it is acknowledged that a
broad spectrum of proinflammatory pathways and cata-
bolic factors contributes to the initiation of OA, which
impacts upon both the joint cartilage, synovium, and bone [1].
Pain is one of the first symptoms of knee OA; it can progress
to be continuous, reducing movement and quality of life [1].

The mechanisms underlying OA pain involve structural
changes and alterations in peripheral transduction and cen-
tral processing of painful sensory inputs. Current treatments

for OA pain have limited efficacy [3], and total joint replace-
ment (TJR) surgery is a common outcome [1]. TJR surgery
often reverses central sensitization, indicating that nocicep-
tive output from the joint is fundamental in driving central
pain mechanisms [4]. However, surgery is not suitable for
patients< 55 years [5], and it remains critical that numbers
of people with OA pain reliant on joint replacement as a
treatment are reduced.

An alternative approach is the development of more
effective cell-based therapies that limit the joint pathology
and reduce synovial inflammation, which is significantly
associated with OA pain [6].

Mesenchymal stem cells (MSCs) have a potential as a
therapy for OA [7–10]. MSCs readily differentiate into bone,
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cartilage, and adipose cells and release soluble factors (such
as growth factors and chemokines) which harbour a regener-
ative environment through a variety of mechanisms [9, 11].
Animal models mimicking pathological and pain compo-
nents of OA are widely used [12–14]; intra-articular injection
of rat bone marrow-derived MSCs reduced pain behaviour
in the absence of an effect on joint pathology in the mono-
sodium iodoacetate model of OA in the rat [15] and had
significant chondroprotective and anti-inflammatory effects
in a rat surgical model of OA, but pain was not assessed
[16]. Similarly, local delivery of adult MSCs was associated
with regeneration of meniscal tissue and reduced joint
destruction in a caprine model of OA [17]. Increased pas-
sage number from 4 to 9 of human adipose-derived adult
stem cells increases the chondrogenic potential of cells
[18]; whether this translates into improved benefit in vivo
has yet to be addressed.

Maximising the therapeutic potential of cell-based
therapies for the treatment of OA pain requires further
understanding of the conditions required to maximise the
potential therapeutic effect of MSCs, and knowledge of their
sites and mechanisms of action, which requires monitoring
of implanted cells within the joint. The aim of the present
study was to compare effects of early versus late passage
MSCs on pain behaviour, structural changes to the knee
joint, and circulating levels of tumor necrosis factor alpha
(TNFα) and interleukin 10 (IL-10) in a surgical model of
OA in the rat. Tracking and imaging of the MSCs within
the joint were achieved using magnetic resonance imaging
(MRI) of superparamagnetic iron oxide nanoparticles
(SPION) internalised by MSCs in a subset of the groups
within the study.

2. Materials and Methods

2.1. Cell Isolation, Expansion, and Characterisation. Early
passage bone marrow murine MSCs (P3) were isolated from
Balb/c mice, and late passage cells (P9) were isolated from
C57Bl/6 mice as previously described [19]. Both sets of cells
were fully characterised for membrane receptor expression
of CD31, CD44, CD11b, CD45, CD105, and Ly-6A(Sca-
1)PE, three lineage differentiation, and colony-forming unit
fibroblast assay (CFU-F) (see Supplementary Information).

2.2. Magnetic Nanoparticle (MNPs) Labelling. MSCs were
labelled with SiMAG (1000 nm; particle size) (Chemicell,
Germany). These are commercially available MNPs consist-
ing of a maghemite iron oxide core (Fe2O3) and an unmodi-
fied silica surface with terminal negatively charged silanol
groups. Cell were labelled using a passive incubation method
as described by Markides et al. [20]. In brief, MNPs were
suspended in serum-free CIM (cell isolation media) and
added directly to cells in culture. Following a 24-hour incu-
bation period, cells were washed three times with phosphate
buffered saline (PBS) to remove noninternalised MNPs.

2.3. CellTracker™ CM-DiI Fluorescent Dye Labelling. A
1mg/ml stock solution of the red fluorescent CellTracker
CM-DiI (Molecular Probes, UK) was prepared in dimethyl

sulfoxide (DMSO). MSCs were trypsinized, washed with
PBS, and incubated with CM-DiI (2.5μl of stock per 1ml of
PBS) for 5 minutes at 37°C, and then for an additional 15
minutes at 4°C, in darkness.

Unincorporated dye was then removed by centrifugation
at 300g for 5 minutes and 2 washes in PBS. Cells were resus-
pended in serum-free IMDM (Iscove’s Modified Dulbecco’s
Medium) and maintained at 4° until injection.

2.4. MSC-Conditioned Medium Studies. Cells used for con-
ditioned medium studies were previously isolated from
C57Bl/6 and Balb/c mice and expanded in vitro. For testing,
conditioned medium was prepared using murine bone
marrow-derived MSC at P3 and P10. Conditioned medium
was prepared using serum-free IMDM (SF-IMDM) (GIBCO,
Life Technologies) with no supplements added as described
previously [21]. Briefly, cells were expanded to confluence
using cell expansion medium (CEM, comprising IMDMwith
9% FBS, 9% Horse Serum, and 1% Pen/Strep). Flasks were
then rinsed three times with DPBS and once with SF-
IMDM before adding 12ml SF-IMDM. Following this, flasks
were incubated at 37°C, 5% CO2 with SF-IMDMwithout cells
used for controls. After 48-hour incubation, the medium was
removed and centrifuged for 5 minutes at 1200g to remove
cell debris. 11ml supernatant was then passed through
3 kDa centrifugal filters (amicon ultra 15 centrifugal filter
tubes, Merck Millipore, Hertfordshire, UK) at 4000g for 40
minutes at 4°C, and residual supernatant was removed from
filters and immediately frozen to −80°C until testing.

2.5. Rat Model of Osteoarthritis Pain. Male Sprague Dawley
rats (weighing 160–190 g) were purchased from Charles
River UK. Studies were carried out in accordance with UK
Home Office Animals (Scientific Procedures) Act (1986)
and the guidelines of the International Association for the
Study of Pain. Further, all works were conducted under
Home Office project licence number 40-3647. Studies were
undertaken in a blinded fashion. Rats underwent medial
meniscal transection (MNX), or sham surgery, as previously
described [22]. The surgical MNX model of OA in rats has
been demonstrated to induce symptoms comparable to that
seen in human OA for pain behaviour, weight-bearing
asymmetry, and disease pathology, through synovitis,
pathology of the subchondral bone, and chondropathology,
as well as the development of osteophytes [13, 22–24]. Rats
were anaesthetised with isoflurane (3% induction, 2–2.5%
maintenance; 1 L/min O2), and local anaesthetic EMLA
cream was applied to the left hind limb. A full thickness
cut through the medial meniscus of the left knee was
performed. Sham-operated rats had their meniscus exposed,
but not transected. Recovery from anaesthesia was moni-
tored, and weight gain and general behaviour were moni-
tored throughout the postinjury period.

2.6. Intervention Studies and Pain Behaviour. Baseline mea-
surements were taken prior to surgery (day 0) and from
day 3 onwards. Behavioural assessment of changes in weight
distribution and sensitivity to mechanical stimuli applied to
the hindpaw were performed for up to 42 days postsurgery
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(see Supplementary Information). Two separate intervention
studies were undertaken at 14 days postsurgery (MNX and
sham). Prior to treatment, rats were stratified according to
weight bearing and paw withdrawal thresholds (PWTs)
(days 3–14) to ensure balanced groups. Under brief isoflur-
ane anaesthesia (3% 1L/min O2), rats received one intra-
articular injection.

2.6.1. Study 1: Late Passage MSCs (P.10). MNX rats received
intra-articular injection of either 1.5× 106 mesenchymal stem
cells labelled with 10μg/ml SiMAG (MSC-MNP; n = 11 rats),
1.5× 106 mesenchymal stem cells (MSC-VEH; n = 12 rats), or
serum-free media (SFM; n = 12 rats). Sham-operated rats
received intra-articular injection of serum-free media (SFM;
n = 8 rats).

2.6.2. Study 2: Early Passage MSCs (P.3) versus Steroid
Treatment. MNX rats received intra-articular injection of
200μg/20μL Kenalog (n = 8), 1.5× 106 MSC (n = 10 rats),
or serum-free media (n = 10 rats). Sham-operated rats
received serum-free media (SFM; n = 8 rats).

Following intra-articular injection, rats recovered from
anaesthesia and were returned to the home cage. Weight
bearing and PWTs were assessed on days 21, 28, 31, 35,
and 38 post sham/MNX surgery. Experiments were termi-
nated on day 42.

2.7. Magnetic Resonance Imaging (MRI). The in vivoMRI vis-
ibility threshold was determined previously by intra-articular
injection of either 1× 106 or 2× 106 MSCs labeled with 0, 1, 5,
and 10μg/ml SiMAG into the joint of nonarthritic cadaveric
18-week-old Wistar rats. Rats were MR imaged using a
Brucker 2.3 T animal scanner with the following sequence
parameters; T2-weighted GEFI sequences, TR=700ms,
TE=5.5ms, Flip angle = 30° and FoV=7.9× 7.9 cm, and
matrix size = 256× 192 to determine the location of the
MNPs. MR images and signal loss profiles were compared
to the untreated control groups and also between the treat-
ment groups. Study 1 rats were sacrificed on day 42 and
immediately MR imaged using the same system described
above. Signal loss profiles were obtained and compared
across all the groups. For details on data analysis, see
Supplementary Information.

2.8. Histology. At sacrifice, tibiofemoral joints were removed
and postfixed in neutral buffered formalin (4% formalde-
hyde) decalcified in ethylenediaminetetraacetic acid (EDTA)
[24]. Histomorphometry was performed by an observer
blinded to treatment. Coronal tissue sections (Osteoarthritis
Research Society International (OARSI) guideline for histo-
logical assessment for OA in the rat) were cut at 5μm [25].

Haematoxylin and eosin (H&E) stained sections were
scored for joint morphology [26]. To validate the MRI results
from study 1, midsagittal serial sections (4μm) were obtained
and stained with H&E and the fluorescent dye DAPI (1 : 200
dilution prepared in PBS) in order to visualise implanted
CM-DiI-labelled MSCs (see Supplementary Information).

2.9. ELISA. At sacrifice, blood was taken via cardiac punc-
ture, aliquots spun for 20 minutes at 1000g, and serum

supernatant was collected. Serum samples were diluted
2-fold, TNFα using 75μl with calibrator diluent (R&D Sys-
tems, RD5-17), IL-10 using 50μl with assay diluent (R&D
Systems, RD1-21), and βNGF using assay diluent made up
using 10% heat inactivated FBS (Life Technologies Ltd.,
10500-064). Serum levels of TNFα and IL- 10 were deter-
mined using commercially available Enzyme-linked immu-
nosorbant assay (ELISA) kits (RnD Systems, Minneapolis
MN) as per manufacturer’s instructions. Each serum sample
was repeat tested n = 2, and absorption read at 450nm with
correction at 540nm applied. Proprietary kits for measure-
ment of βNGF in rat serum were not available, so compo-
nents were sourced individually with the basic application
using Duoset ELISA Development Kit (R&D Systems
Europe, Ltd., DY556) and recommended components as
per kit instructions (all R&D Systems Europe Ltd.) except
for DPBS (GIBCO, Life Technologies, 14190-169).

2.10. Statistics. Data were analysed using GraphPad Prism
5.0. All data were tested for normality and for nonparametric
testing; Kruskall-Wallis one way ANOVA with Dunn’s post
hoc testing or 2-way ANOVA with Tukey’s post hoc testing
was applied where appropriate, with probability values con-
sidered significant at ∗p < 0 05, ∗∗p < 0 01, and ∗∗∗p < 0 001.

3. Results and Discussion Results

3.1. MSC Selection and Characterisation.Murine MSCs were
freshly isolated and expanded in vitro to passage 3 (early pas-
sage) or passage 10 (late passage) with passaging taking place
at 80–90% confluence. Stem cell properties were confirmed
with flow cytometry for a panel of recognised MSC markers
(CD105+, Sca-1+, CD31−, CD11b−, CD45−, CD44+, and
CD34−) (Supplementary Information Figure 1) and selected
for use. Cells were successfully differentiated towards adipo-
genic, osteogenic, and chondrogenic lineages after 21 days in
culture with relevant differentiation media (Supplementary
Information Figure 2). CFU-F assay was used to assess the
proliferative capacity of the cells being expanded in culture,
and the results showed that late passage cells retained a high
proliferation rate in culture (early passage 49± 18% versus
late passage 51.5± 12%). Early and late passage cells were
cultured for conditioned medium collection, and levels of
key cytokines (IL-10, TNFα, and βNGF) were measured
(Supplementary Information Figure 3). Levels of IL-10 in
the conditioned medium were minimal and did not vary
between early and late passage cells. Levels of βNGF were
significantly higher in conditioned medium from late
passage MSC, compared to early passage MSC (Student’s
t-test, p < 0 05, n = 6). TNFα was not detected in the con-
ditioned medium under either condition (Supplementary
Information Figure 3).

3.2. MRI of MSCs Labelled with SiMAG In Vivo. The presence
of iron oxide MNPs was detected as a decrease in signal
intensity when MR imaged using T2-weighted MRI
sequences. This signal loss is portrayed visually as black areas
on grey scale MR images, referred to as hypointense regions.
The optimal cell number and SiMAG ratio to ensure good
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MRI visibility over a prolonged period of time were deter-
mined to be 1.5× 106 cells labelled with 10μg/ml of SiMAG
(Supplementary Information Figure 4). This labelling combi-
nation allows for improved visibility thresholds over 1× 106
whilst minimising excessive blooming as seen with 2× 106
cells and was taken forward for subsequent in vivo MRI
tracking studies.

3.3. Effects of MSC Treatment versus Steroid on Pain
Behaviour in a Model of OA. Both sham surgery and MNX
surgery resulted in early changes in weight bearing on the
operated hindlimb. By day 14 postsurgery, there was a clear
difference between the extent of weight-bearing asymmetry
between the sham and MNX groups, indicative of pain
behaviour in the MNX group. At days 28–38, weight-
bearing asymmetry remained significantly increased in the
MNX group, but had returned to baseline in the sham group
(Figure 1(a)). Area under the curve analysis of the last three

timepoints tested (days 31–38) revealed a significantly
greater weight-bearing asymmetry in the MNX group com-
pared to the sham control group. Consistent with the studies
in our group, hindpaw withdrawal thresholds (PWTs) were
lowered in both sham and MNX rats following surgery
(Figure 1(c)). There were no significant differences in the
PWTs between the two groups of rats (Figure 1(d)).

The effect of intra-articular injection of 1.5× 106 of late
passage MSCs on established pain behaviour in the MNX
model was determined. MSC treatment did not alter
weight-bearing asymmetry in the week (days 14–21) imme-
diately following treatment (data not shown). By contrast,
there was a significant reduction in weight-bearing asymme-
try at later timepoints (days 31, 35, and 38) in the MNX
group treated with late passage MSCs (Figure 2(a)). PWTs
were not altered by the intra-articular injection of late
passage MSCs (Figure 2(b)). The effects of intra-articular
injection of early passage MSCs versus a steroid treatment
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Figure 1: MNX surgery for induction of OA pain, or sham surgery, was performed on day 0. (a) MNX rats receiving SFM exhibited
significant differences in weight-bearing asymmetry, compared to the sham-SFM rats. (b) Area under the curve (AUC) data calculated
for days 31, 35, and 38 postsurgery revealed significant weight-bearing asymmetry in MNX rats at the later timepoints of the model. (c)
Paw withdrawal thresholds were not significantly different in MNX rats, compared to sham controls at individual timepoints, or following
AUC analysis. (d) Statistical comparison of the groups at each timepoint: two-way ANOVA with Bonferroni’s post hoc. Comparison of
AUC used a Mann–Whitney’s nonparametric unpaired t-test. ∗p < 0 05, ∗∗p < 0 01 MNX versus sham. Data are mean± SEM, n= 8–10
per group.
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on pain behaviour in the MNX model were determined in
separate groups of rats. Intra-articular injection of early
passage MSC at day 14 resulted in a robust and significant
increase in weight-bearing asymmetry at days 17 and 21 post
model induction (Figure 3(a)). At later timepoints (days
29–38), weight-bearing asymmetry was comparable between
the MNX-MSC group and the MNX-SFM group (Figure 3).
Intra-articular injection of the steroid Kenalog at day 14
in MNX rats resulted in a complete reversal of weight-
bearing asymmetry at days 17 and 21 (Figure 3). At later
timepoints (days 29–38), Kenalog ceased to inhibit weight-
bearing asymmetry and there were no differences between
the MNX-SFM control group and the MNX Kenalog treat-
ment group (Figure 3(b)).

3.4. Joint Pathology, Inflammation, and Pain-Related
Cytokines. Analysis of joint histology at the end of the study
revealed that MNX surgery resulted in a significant chon-
dropathy score (Figure 4(a)), inflammation score of the
synovium (Figure 4(b)), and an increase in the number of
osteophytes (Figure 4(c)). At this final timepoint, none of
the treatments significantly altered joint chondropathy or
inflammation (Figures 4(a), 4(b), and 4(c)). Serum levels
of three cytokines were measured in the different treatment
groups at the end of the study (day 42 postsurgery). There
were no differences in IL-10 expression between the treat-
ment groups (Figure 4(d)). There was a significant increase
in serum TNFα in the MNX-MSC early passage treatment
group, compared to the sham-SFM controls and MNX-
MSC late passage treatment group (Figure 4(e)). There were
no significant differences in serum βNGF expression between
the groups (Figure 4(f)).

3.5. MRI Tracking. A subset of rats received intra-articular
injection of SiMAG-labelled MSCs (MSC-MNP) for terminal
MRI imaging at 29 days post cell implantation. MRI revealed
regions of increased hypointensity (black areas) localised
to the synovial cavity of rats treated with MSC-MNP
(Figure 5). In contrast, no hypointense regions were evident

in the groups treated with MSCs (MSC-VEH) or serum-
free media (SFM). To further validate these data, signal loss
profiles were plotted for the different treatment groups and
revealed a significant signal loss in the MSC-MNP group,
compared to unlabelled MSCs (MSC-VEH) and SFM which
had a relatively high signal intensity across the joint
(Figure 5). In a subset of rats, it was confirmed that there
were no differences between the effects of SiMAG-labelled
MSCs and unlabelled MSCs on pain behaviour (data not
shown). H&E staining was used to identify key structural
features of the knee joint whilst identifying the location of
the fluorescently labelled MSCs. CM-DiI-labelled MSCs
were identified in the synovium of all MSC-treated groups
(MSC-MNP and MSC-VEH) but not in the SFM-treated
group (Figure 5).

4. Discussion

This study presents new evidence that passage number of
MSCs markedly influences the effects of these cells on pain
behaviour following their injection into the knee joint in a
surgical model of OA pain. We report that late passage
MSCs significantly reduced weight-bearing difference, a sur-
rogate index of pain on loading, whereas early passage MSCs
exacerbated weight-bearing difference for a period of 7 days
postinjection in the MNX model. Despite the beneficial
effects of the late passage MSCs on pain behaviour in the
MNX model, there was no evidence for an alteration in the
progression of joint pathology or inflammation at the end
of the study. Nevertheless, a peripheral site of action of the
MSCs was supported by the demonstration that SiMAG-
labelled MSCs were detected within the synovial cavity at
29 days postinjection.

As joint degeneration progresses, a variety of surgical
procedures can rebuild the degenerated cartilage lesions,
but do not necessarily reduce the generalised joint inflam-
matory processes. Chondrocytes as a cell-based therapy
(autologous chondrocyte implantation (ACI)) were success-
fully developed and used widely over the past 10 years, but

⁎250

200

150

100

50

0
MNX-SFM MNX-mMSC

%
 m

ea
n 

M
N

X 
W

B

(a)

%
 m

ea
n 

M
N

X 
PW

T

250

200

150

100

50

0
MNX-SFM MNX-mMSC

(b)

Figure 2: Rats received an intra-articular injection of 1.5× 106 late passage mouse mesenchymal stem cells (mMSCs) from the bone marrow
of Balb/c mice in 50μL serum-free medium (SFM) or 50 μL SFM (vehicle) on day 14 post MNX surgery. (a) Intra-articular injection of MSCs
significantly altered MNX-induced changes in the weight-bearing asymmetry. (b) Paw withdrawal thresholds in MNX rats were unaltered by
the treatment. Data are expressed as a % of the mean MNX-SFM AUC for three timepoints (31, 35, and 38 days) postsurgery. Statistical
analysis used a Mann–Whitney nonparametric unpaired t-test. Data are mean± SEM, MNX-SFM (n = 11), MNX-MSC (n = 22). WB:
weight-bearing asymmetry; PWT: paw withdrawal thresholds. ∗p < 0 05 MNX-MSC versus MNX-SFM.
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this treatment relies on damaging healthy cartilage to pro-
vide the cell sources. The therapeutic potential of alternate
sources of cells, such as MSCs derived from the bone
marrow, which have anti-inflammatory and immunosup-
pressive properties, has been investigated. Our finding that
late passage MSCs attenuated established weight-bearing
asymmetry in the MNX model is consistent with the report
that intra-articular injection of MSCs reversed pain behav-
iour compared to pretreatment values, but did not alter
structural damage or synovial inflammation in the chemical
monosodium iodoacetate model of OA pain [27]. The
clinical validity of animal models of OA continues to be
debated, both in terms of the aetiology of the joint damage
and the temporal progression of the structural changes seen
in these models, compared to disease progression in
patients. The MNX model of OA is believed to replicate
some of the key biomechanical events that lead to clinical
joint pathology, as well as displaying many of the features
associated with joint pathology in OA (see refs in [28]).
Our evidence that intra-articular injection of early passage
MSCs exacerbated pain behaviour in the model of OA pro-
vides important new knowledge of the conditions under
which the therapeutic potential of MSCs for OA pain can
be harnessed.

Our data were built upon the previous studies that
focused on the potential for MSCs to mediate joint repair.
Indeed, therapeutic benefit of intra-articular injection of
autologous MSCs has been reported in a surgical model of

OA in the goat [17], and more recent studies report beneficial
effects of MSCs from bone marrow and adipose in models of
OA and extend the initial evidence by demonstrating repara-
tive effects of the cells on the cartilage [29, 30]. The progres-
sion of MNX-induced joint pathology was not halted by
intra-articular injection of late passage MSCs, suggesting that
at least in this model the effects of MSC treatment on pain
behaviour are not associated with increased joint repair.
Despite this lack of effect on joint pathology, our study did
provide evidence for changes in systemic inflammation.
There was a trend towards an increase in serum TNFα in
the MNX model of OA pain, compared to the sham control
group at day 42 postsurgery. Interestingly, MNX rats treated
with the early passage MSCs had significantly increased
serum TNFα, compared to the sham group, consistent with
the exacerbation of pain behaviour by this treatment. By con-
trast, serum TNFα was significantly lower in MNX rats
treated with late passage MSCs, compared to early passage
MSCs. These data are consistent with the ability of late pas-
sage, but not early passage, MSCs to reduce pain behaviour.
Pharmacological studies using comparable methods demon-
strated a significant increase in plasma TNFα in the MIA
model of OA pain compared to control rats, with these
changes reversed by an analgesic treatment [31]. Although
both IL-10 and NGF were detected in the serum, there were
no significant differences between the treatment groups, sug-
gesting that changes in TNFα do not reflect a generalised
change in inflammation.
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Figure 3: (a) Timecourse of the effects of intra-articular injection of the steroid Kenalog (200 μg/20μL) versus 1.5× 106 of early passage
mMSC on weight-bearing asymmetry. Rats received the active treatments or 50μL SFM (vehicle) on day 14 postsurgery. Kenalog had a
rapid inhibitory effect on MNX-induced weight-bearing asymmetry at 17 and 21 days post model induction, compared to the MNX-SFM
group. mMSC treatment significantly increased weight-bearing asymmetry at early timepoints (days 17 and 21) post model induction. At
later timepoints, weight-bearing asymmetry was comparable between the MNX-MSC group and the MNX-SFM group. Data was analysed
using a 2-way ANOVA with Tukey’s post hoc test. ∗∗p < 0 01 MNX-SFM versus sham-SFM, ##p < 0 01 MNX-MSC versus MNX-SFM;
@p < 0 05, @@@@p < 0 0001 MNX steroid versus MNX-MSC. (b) Area under the curve (AUC) analysis of the effects of intra-articular
injection of steroid Kenalog versus 1.5× 106 of early passage mMSC on MNX-induced weight-bearing asymmetry for the last three
timepoints (days 31, 35, and 38). mMSC treatment did not alter weight-bearing asymmetry in MNX rats. Although there was a trend
towards an inhibition of weight-bearing asymmetry by Kenalog, this was only significantly compared to the MNX-mMSC group.
Data are expressed as a % of the mean MNX-SFM AUC for timepoints 31, 35, and 38 days postsurgery. Statistical analysis used a
Kruskal-Wallis test with Dunn’s post hoc, ∗p < 0 05. Data are mean± SEM, n= 9-10 per group.
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Figure 4: (a–c) MNX surgery was associated with significant chondropathy (a), joint inflammation (b), and increased presence of osteophytes
(c), compared to sham controls at 42 days postsurgery. None of the treatments in MNX rats significantly altered the extent of chondropathy,
inflammation, or osteophyte number. Statistical analysis used Kruskal-Wallis test with Dunn’s post hoc, ∗∗p < 0 01, ∗∗∗p < 0 001. Data are
mean± SEM, 2–4 sections per rats were analysed, and total numbers of sections are sham-SFM: 37; MNX-SFM: 55; MNX-MSC early
passage: 44; MNX Kenalog: 42; MNX-MSC late passage: 20. (d–f) Serum levels of cytokines in MNX- and sham-operated rats at 42 days
postsurgery. There were no differences in IL-10 expression between the treatment groups (d). There was a significant increase in serum
TNFα in the MNX-MSC early passage treatment group, compared to the sham-SFM controls and MNX-MSC late passage treatment
group (e). There were no significant differences in serum βNGF expression between the groups. Statistical analysis used Kruskal-Wallis
test with Dunn’s post hoc, ∗p < 0 05, ∗∗∗p < 0 001. Data are overall mean± SEM, whilst mean values from duplicate samples per rat were
analysed; total numbers of mean values are sham-SFM: 15; MNX-SFM: 22; MNX-MSC early passage: 10; MNX Kenalog: 9; and MNX-
MSC late passage: 23.
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Understanding the differences in properties of the early
versus late passage MSCs that lead to the behavioural out-
comes will help refine MSC treatment strategies. Prolonged
in vitro culture of bone marrow-derived MSCs leads to a loss
of MSC phenotype, multipotency, decreased wound homing
properties [32], and self-renewal by around passage 15–20,
associated with the onset of cellular senescence [33–36]. As
a result, the use of early passage cells is recommended; how-
ever, early passage cell populations have increased likelihood
of heterogeneity whilst late passage cells retain characteristic

markers for MSC phenotype in a selectively more homoge-
nous population [36, 37]. The immunomodulatory proper-
ties of MSCs in a long-term culture have been reported.
Late passage MSCs of umbilical origin (passage 15) show
significant upregulation of anti-inflammatory mediator
HMOX-1, a modulator of IL-10 and NO activity [38, 39];
downregulation of proinflammatory IL-1α, IL-1β, and
IFN-γ; reduced proliferation of PHA-stimulated peripheral
blood mononuclear cells, implicated in expression of proin-
flammatory cytokines; and no change in expression of
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Figure 5: (a): Sagittal MRI scans; Location of SiMAG-labelled cells are depicted as areas of hypointense signal loss and highlighted by the red
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TGF-β, a cytokine critical to the immunosuppressive capa-
bilities of transfused MSC [39]. It may therefore follow in
our study that IFN-γ production is impaired and macro-
phage balance shifts from M1 to M2, as seen previously
with in vivo MSC transplantation [40]. Production of IL-6
is increased in the late passage human bone marrow-
derived MSC compared to early passage cells, whilst
CXCL8 levels fall [41]. IL-6 has both anti- and proinflam-
matory activities and may function here to activate IL-10
and bind to toll-like receptors to inhibit proinflammatory
cytokine production, for example, TNF-α and IL-1, whilst
also providing protection against bacterial proliferation
[42, 43]. More analyses of the cytokine profile are needed
to define exact pathways in the variation in potential
immunomodulation between early and late passage MSCs
in our model of OA pain.

There is evidence of other phenotypic shifts in MSCs
with prolonged culture which may provide insight. For
example, prolonged culture of MSCs reduces STRO-1 and
BMP7 expression, changes alkaline phosphatase activity,
and reduces osteogenic capability [36, 44, 45]. Earlier stud-
ies, examining passage-dependent differences to chondro-
genic potential of MSCs, have produced varied results, with
some studies reporting a maintenance of the chondrogenic
potential of the cells up to passage 20 [46], or increase in
COL2A1 and AGC1 expression from P4 to P9 in human
adipose-derived adult stem [18]. Another study reported a
reduction of chondrogenic capabilities of MSCs at late
passage [33, 35, 47]. With an increasing passage number,
MSC isolated from synovium shows migratory behaviour
similar to chondrocytes, whilst at low passage (p < 4), a
reduced ability to undergo chondrogenesis was observed
[48]. Our results revealed that late passage MSCs attenuated
established pain behaviour (weight-bearing asymmetry) in
MNX rats, but did not alter MNX-induced joint pathology.
This suggests that higher passage cells may have an
increased potential for therapeutic application. What is clear
is that selection of populations of cells for therapy will
depend on the level of preculture with significant changes
in phenotype and potential therapeutic activity as a result
of prolonged culture. The trade-off between efficacy and cell
number generated by scale-up of cell numbers will be an
important consideration in a therapeutic design. Future
studies of earlier experimental timepoints will shed light on
the effects of treatments on the alleviation of pain and mod-
eration of inflammatory response following MSC treatment.

The key to enabling the translation of MSC treatment for
OA to the clinic is the tracking of the cells following injection
into the knee joint to initially demonstrate effective delivery
of cells and to monitor cell retention and biodistribution
thereafter. Previously, we have shown that SiMAG, a com-
mercially available superparamagnetic iron oxide nanoparti-
cles (SPIONs), can be used to track the migration of MSCs
over 7 days and localise them to the knee joint in a mouse
model of rheumatoid arthritis (RA) [20]. Importantly, the
same study demonstrated no adverse effects in terms of
in vitro MSC properties, cell viability, and proliferation as a
result of SiMAG labelling. Furthermore, the delivery of
SiMAG-labelled MSCs was also well tolerated by mice

thereby encouraging the use of SiMAG as an imaging and
tracking agent in this current study. Although a number of
noninvasive imaging modalities can be applied to track cells
post implantation, SPION- and MRI-based tracking tech-
niques benefit from relatively long-term and longitudinal
monitoring of implanted cell populations. In a recent study
by van Buul et al. [27], implanted MSC populations were
monitored by bioluminescence and MRI with MSCs trans-
fected with firefly luciferase and labelled with a particular
SPION known as Endorem. A gradual and complete loss in
bioluminescence signal was observed over a 3-week period.
By contrast, the SPION-based component of this system
has the potential to allow SPION-labelled cells to be moni-
tored for up to 12 weeks as demonstrated by 2 independent
studies by Jing et al. [49] and Chen et al. [50]. In these studies,
Endorem-labelled MSCs and chondrocytes were monitored
in vivo for up to 12 weeks within the knee joint [49, 50]. Nev-
ertheless, unlike bioluminescence, the viability of implanted
cells cannot be determined by MRI-based modalities. In our
study, SiMAG-labelled cell was successfully observed up to
29 days post implantation.

5. Conclusions

We have demonstrated differences in pain responses in a rat
surgical model of OA following cell therapy using popula-
tions of MSCs at early and late passages following isolation
from the bone marrow. Late passage MSCs significantly
reduced weight-bearing difference, a surrogate index of pain
on loading (days 31, 35, and 38), whereas early passage
MSCs exacerbated weight-bearing difference for a period of
7 days postinjection in the MNX model. Neither treatment
altered progression of joint pathology nor inflammation
quantified at the end of the study. Our data provide further
evidence for the need for characterisation of this cell type
prior to clinical use due to its multifunctional nature and
the changing phenotype from repair to immunomodulation
with time in culture.
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Supplementary Materials

Supplementary Figure 1: Cell marker profile for early and
late passage MSC, characterised through CD105+, Sca-1+,
CD31-, CD11b-, CD45-, CD44+, CD34-. CD105 is known
to vary in expression in murine MSC. In this study, cells
at late passage expressed lower levels of CD105 whilst all
other markers were consistently expressed. Supplementary
Figure 2: Tri-lineage differentiation for early (A) and late
(B) passage cells along adipogenic (1), osteogenic (2) and
chondrogenic (3) lineages. Positive differentiation was
detected for both early and late passage MSC. Scale bars =
200μm. Supplementary Figure 3: Measurement of cytokines
conditioned media from early and late passage cultured
MSCs. There were no differences in IL10 levels between the
two conditions. TNFα was not detected in conditioned
medium. Expression of βNGF was significantly higher in
late passage MSC compared to early passage MSC (Student’s
t-test, p < 0 05) (n = 6 for all samples). Supplementary
Figure 4: In vivo dose response: Signal loss profiles and
corresponding sagittal MR images following the implanta-
tion of (A) 1× 106 and (B) 2× 106 MSCs labelled with (i)
10μg/ml, (ii) 5μg/ml, and (iii) 1μg/ml SiMAG into knee
joints of cadaveric rats and compared to the (iv) untreated
control. Location of SiMAG labelled cells is depicted as areas
of hypointense signal loss and highlighted by the red ring
over the synovial cavity. (Supplementary Materials)
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Mesenchymal stem cells (MSCs) have been proposed for spinal cord injury (SCI) applications due to their capacity to secrete
growth factors and vesicles—secretome—that impacts important phenomena in SCI regeneration. To improve MSC survival
into SCI sites, hydrogels have been used as transplantation vehicles. Herein, we hypothesized if different hydrogels could
interact differently with adipose tissue-derived MSCs (ASCs). The efficacy of three natural hydrogels, gellan gum (functionalized
with a fibronectin peptide), collagen, and a hydrogel rich in laminin epitopes (NVR-gel) in promoting neuritogenesis (alone and
cocultured with ASCs), was evaluated in the present study. Their impact on ASC survival, metabolic activity, and gene
expression was also evaluated. Our results indicated that all hydrogels supported ASC survival and viability, being this more
evident for the functionalized GG hydrogels. Moreover, the presence of different ECM-derived biological cues within the
hydrogels appears to differently affect the mRNA levels of growth factors involved in neuronal survival, differentiation, and
axonal outgrowth. All the hydrogel-based systems supported axonal growth mediated by ASCs, but this effect was more robust
in functionalized GG. The data herein presented highlights the importance of biological cues within hydrogel-based biomaterials
as possible modulators of ASC secretome and its effects for SCI applications.

1. Introduction

The current care of SCI patients is mostly palliative. Thus,
it is extremely important to develop new strategies that
support both structural and functional restoration of the
damaged or lost tissue. For this purpose, tissue engineering
approaches, using biomaterials, stem cells, and often
neurotrophic factors, are being extensively explored [1]. Bio-
materials, particularly hydrogels, are interesting for SCI
approaches mainly due to their physical properties that
resemble central nervous system (CNS) soft tissues. More-
over, their porous structure allows molecule diffusion and
the possibility to establish a three-dimensional (3D) environ-
ment that mimics the living tissues. These biomaterials are
widely used to support cell transplantation [2]. For this
purpose, natural hydrogels are an interesting tool, as they

are mostly constituted by extracellular matrix (ECM) mole-
cules or can be easily functionalized with them [3]. Among
the variety of available natural hydrogels, this study will focus
on the use of gellan gum, NVR-gel, and collagen as matrices
for cell encapsulation. Gellan gum (GG), a linear anionic
polysaccharide with a free carboxylic group per repeating
units, was already reported to be biocompatible and nontoxic
after injection in a hemisection SCI rat model [4]. Moreover,
it was also shown to be suitable for functionalization, as its
modification with a fibronectin-derived peptide (GRGDS)
promoted higher cell adhesion and viability in comparison
to unmodified GG [5]. Regarding NVR-gel, this is a biocom-
patible and biodegradable scaffold composed of hyaluronic
acid (HA) and laminin [6]. While HA has a vital role in cell
morphogenesis and proliferation [7], laminin provides an
adhesive and growth-promoting substrate [6]. In fact, this
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gel was shown to be an excellent 3D milieu for the growth of
neuronal tissue in culture [6]. Finally, collagen has been
reported as the main constituent of almost all ECMs.
Together with its biocompatibility, collagen enables to form
adhesive and permissive substrates for cell survival and neur-
ite outgrowth [8]. This is supported by studies where, for
example, neural stem/progenitor cells (NPCs) cultured on
type I collagen hydrogel were found to develop functional
synapses and form neuronal networks [9]. On the other
hand, the use of stem cell-based therapies in SCI regenerative
strategies has also shown interesting results. Within the
different cell populations available, MSCs have been put for-
ward as a possible choice [10, 11]. The most relevant feature
of these cells is the active secretion of bioactive molecules
(e.g., growth factors, cytokines, and exosomes), nowadays
known as secretome. Indeed, studies have already demon-
strated that after transplantation of MSCs (from different
sources) on SCI models, neurotrophic factors such as brain-
derived neurotrophic factor (BDNF), vascular endothelial
factor (VEGF), interleukin-6 (IL-6), neurotrophin 3 (NT-3),
basic fibroblast growth factor (bGFG), stem cell factor
(SCF), hepatocyte growth factor (HGF), and glial cell line-
derived neurotrophic factor (GDNF) were secreted, which
was correlated with prominent increase of axonal regenera-
tion and functional outcomes [3, 12, 13]. Despite these
encouraging results, MSC transplantation still faces the prob-
lem of poor cell engraftment and survival in the lesion site
[3]. Under this context, ECM-like hydrogels such as GG,
NVR, and collagen could play a crucial role in overcoming
these limitations. Indeed, by using these systems, it would
be possible to extend cell survival within the injured site, as
well as to modulate their behavior through the cues presented
by the different cell adhesion peptides to MSCs. Having this
in mind, in the present work, we aimed to evaluate the effi-
cacy of the three referred natural hydrogels, namely, GG
(functionalized with a fibronectin peptide), collagen, and
NVR-gel in supporting the viability, metabolic activity, and
gene expression of MSCs isolated from the adipose tissue 1
(adipose tissue-derived stem cells (ASCs)). Moreover, the
effects of these hydrogels as modulators of ASC impact on
axonal growth will be also addressed using dorsal root
ganglion (DRG) explant cultures.

2. Materials and Methods

2.1. Adipose-Derived Stem Cell (ASC) Culture. Human ASCs
(female, 25 years old, BMI=27.8) were kindly provided by
Professor Jeffrey Gimble (Tulane University Center for Stem
Cell Research and Regenerative Medicine and LabCell LLC,
New Orleans, Louisiana, USA) and cultured in α-MEM
(Invitrogen, USA) medium [supplemented with sodium
bicarbonate (NaHCO3, Merck, USA), 10% of fetal bovine
serum (FBS) (Biochrom AG, Germany), and 1% of
penicillin-streptomycin antibiotic (Invitrogen, USA)] at
37°C and 5% CO2. ASCs used and disclosed the following
marker phenotypes: CD29: 93.63%; CD105: 97.09%; CD44:
87.50%; CD73: 92.86%; CD90: 88.99%; CD45: 2.11%; and
CD34: 7.60%.

2.2. Hydrogel Preparation

2.2.1. Gellan Gum. Gellan gum (GG, Sigma, USA) was
modified with the fibronectin-derived peptide (GRGDS) as
previously described [3]. First, GG was dissolved in 2-(N-
morpholino)ethanesulfonic acid (MES) buffer (100mM,
pH5.5, Sigma, USA) and stirred for 48 h at 37°C. 4-(4,6-
Dimethoxy-1,3,5-triazin-2-yl)-4-methylmorpholinium chlo-
ride (DMT-MM, Sigma, USA) and furfurylamine (Acros
Organics, Belgium) were then added in a 4 : 1M ratio (of each
reagent relative to the eCOOH groups in gellan gum) and
stirred at 37°C for 48 h. The solution was then dialyzed
(Mw cutoff 12–14 kDa, Spectrum Labs, USA) alternately with
distilled water and PBS (0.1M, pH7.2) for 5 days. After
lyophilization, furan-modified GG (furan-GG) was obtained
as a white powder.

The immobilization of GRGDS peptide (AnsSpect, USA),
previously modified with a maleimide group (mal-GRGDS),
into the furan-GG was performed by Diels-Alder chemistry,
originating the GG-GRGDS. For that, furan-GG was dis-
solved in MES buffer (100mM, pH5.5) at 37°C (1.2mg/ml).
The mal-GRGDS was then added to furan-GG in a 5 : 1 mal-
eimide : furan molar ratio and stirred at 37°C for 48 h. The
mixture was dialyzed (Mw cutoff 12–14 kDa) for 5 days as
described above. The water was then removed by lyophiliza-
tion and GG-GRGDS was obtained as a white powder.

2.2.2. NVR-Gel. NVR-gel (NVR Labs, Israel) is mainly
composed of two components: hyaluronic acid (HA,
3× 103KDa, BTG Polymers, Israel) and laminin (Sigma,
USA). To prepare this hydrogel, HA 1% (w/v) and laminin
were diluted in cell culture medium, at a concentration of
0.3% (v/v). The solution was then thoroughly mixed to obtain
a liquid viscous hydrogel.

2.2.3. Collagen. Collagen gels were prepared as described by
Allodi et al. [14]. Briefly, gels were prepared by mixing
450μl of collagen type I (BD Biosciences, USA), 50μl of
Dulbecco’s modified Eagle medium 10× (DMEM 10×, Sigma,
USA), and 2μl of 7.5% NaHCO3 solution. Then, hydrogels
were kept in the incubator for 2 h at 37°C and 5% CO2 to
allow the gelification process to occur.

2.3. Hydrogel Preparation and ASC Encapsulation

2.3.1. Gellan Gum. Prior to ASC encapsulation, the lyophi-
lized GG-GRGDS was sterilized by UV light for 15min.
Then, GG-GRGDS was dissolved in ultrapure water at 1%
(w/v) concentration and placed to stir at 40°C overnight.
Next day, GG was dissolved in ultrapure water at 1% w/v
concentration, placed to stir at 90°C for 30min, and then
sterilized by filtration. GG-GRGDS and GG were then mixed
together in a 50 : 50 proportion. Just before cell encapsula-
tion, calcium chloride [CaCl2; 0.3% (w/v)] was added to the
GG-GRGDS/GG mixture in a proportion of 1 : 10, to
promote the ionic crosslinking of the hydrogel.

ASCs were obtained as previously described. Cells were
encapsulated within the hydrogel by gently mixing the cell
pellet with the desired volume of gel, at a concentration of
6× 105 cells/ml until a homogeneous solution was obtained.
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The hydrogel containing the cells was placed on cell culture
wells in drops of 50μl per chamber/well and cultured from
4 to 7 days.

2.3.2. NVR-Gel. After mixing the hydrogel with cell culture
medium, a liquid viscous gel was obtained. The desired vol-
ume of hydrogel was added to the cells’ pellet at a concentra-
tion of 6× 105 cells/ml and mixed to uniformly distribute the
cells. Then, 250μl of the gel containing the ASCs was added
to cell culture wells and kept in culture for 4 and 7 days.

2.3.3. Collagen. After collagen hydrogel gelification, the cell
pellet was resuspended with the desired volume of hydro-
gel at a concentration of 6× 105 cells/ml. The hydrogel
containing the cells was placed on cell culture wells in
50μl drops and placed in the incubator for 1.5 h at 37°C
and 5% CO2 for the gelification process to occur. Cell culture
medium was then added to the wells and kept in culture for 4
and 7 days.

2.4. MTS. The MTS assay relies on the reduction of the tetra-
zolium compound 3-(4,5-dimethylthiazol-2-yl)-5-(3-carbox-
ymethoxyphenyl)-2-(4-sulfophenyl)-2H-tetrazolium (MTS,
Promega, USA) to formazan by viable cells. After 7 days of
culture, the cell culture medium was replaced by serum-free
medium (DMEM, Invitrogen, USA), containing MTS in a
5 : 1 ratio and incubated for 3 hours at 37°C and 5% CO2. For
sample analysis, triplicates of each samplewere placed inwells
of a 96-well plate, allowing the optic density to bemeasured by
spectrometry (at 490nm) in a microplate reader.

2.5. Quantitative Real-Time PCR. After ASC encapsulation
and culture on different hydrogels, a RT-PCR was performed
to analyze the expression levels of specific genes involved in
axonal growth, namely, BDNF, VEGF, NGF, and GDNF.

2.5.1. RNA Extraction. After 7 days of cell culture, the total
RNA from ASCs encapsulated in the hydrogels was
extracted. For that, 6 gels were combined to obtain a more
reliable sample. Initially, 1ml of Trizol solution (Life Tech-
nologies, USA) was added to the hydrogels containing the
cells, and after a mechanical dissociation of the gels, a cell
pellet was obtained. The samples were then collected in
Eppendorf tubes. The cells’ pellet was then incubated with

chloroform (Sigma, USA) for 3min at room temperature
(RT) and centrifuged at 8000 rpm for 15min, at 4°C. After
this, the presence of three layers in the Eppendorf tube was
possible to observe: an aqueous phase on top, an interphase,
and an organic phase in the bottom. The aqueous phase,
containing the RNA, was transferred into new Eppendorf
tubes and precipitated by adding isopropanol (Carlos Erba
Reagents, France). The samples were then left to rest for
10min at RT. Afterwards, the samples were centrifuged
(9000 rpm, 15min, 4°C), the RNA pellets were washed with
75% ethanol and centrifuged again (5000 rpm, 5min, 4°C).
Then, the pellets were dissolved in nuclease-free water and
the RNA quantification was performed using Nanodrop
ND-1000 spectrophotometer (Alfagene, Portugal), to adjust
the sample concentration to 500 ng/μl.

2.5.2. cDNA Transformation and Quantitative Real-Time
PCR. The synthesis of the cDNA was performed using
iScriptTM cDNA Synthesis Kit (BioRad, USA). First, 1μg
of purified RNAwas used as a template and the volumes were
normalized with nuclease-free water. A reaction mix contain-
ing the RNA sample, 5× iScript reaction mix, and iScript
reverse transcriptase was prepared and added to the samples.
Periods of sample incubation of 5min at 25°C followed by
30min at 42°C and 5min at 85°C in a thermal cycler (Applied
Biosystems, USA) were performed. To proceed with the
quantitative gene expression analysis, the cDNA was subject
to PCR amplification using Eva Green technology (Ssofast
Evagreen Supermix, BioRad, USA) on the CFX96 Real-
Time system (BioRad, USA).

Finally, a reaction solution was prepared by mixing
5μl of Ssofast Evagreen Supermix, 10μM of the primer
respective to each tested gene, in forward and reverse,
and 1μl of cDNA. After adding the reaction solution to
the template, specific cycling conditions were applied to
samples, such as 30 s at 95°C of enzyme activation, followed
by 40 cycles of 5 s at 95°C for denaturation, 5 s at 60°C for
annealing, and 5 s at 72°C for extension step. The HMBS
gene (XM_017017629.1) was the house-keeping gene herein
used, and the tested genes were the BDNF (NG_011794.1),
VEGF (AY500353.1), NGF (NG_007944.1), and GDNF
(NG_011675.2), as described in Table 1.

Table 1: PCR primers used to detect gene expression in ASCs, upon seeding in the three hydrogels.

Gene Primer sequence Amplicon length

HMBS
Forward 5′-CCTGGCCCACAGCATACAT-3′
Reverse 5′-TCGGGGAAACCTCAACACC-3′ 155 bp

GDNF
Forward 5′-AGCCGCTGCAGTACCTAAAA-3′
Reverse 5′-CCAACCCAGAGAATTCCAGA-3′ 150 bp

VEGF
Forward 5′-TTTCTTGCGCTTTCGTTTTT-3′
Reverse 5′-AGGCCAGCACATAGGAGAGA-3′ 133 bp

NGF
Forward 5′-GTCTGTGGCGGTGGTCTTAT-3′
Reverse 5′-CAACAGGACTCACAGGAGCA-3′ 115 bp

BDNF
Forward 5′-AGAAGAGGAGGCTCCAAAGG-3′
Reverse 5′-TGGCTGACACTTTCGAACAC-3′ 145 bp
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2.6. DRG Coculture with ASCs in 3D Hydrogel-Based
Environment. As previously described, ASCs were encapsu-
lated within the hydrogels at a concentration of 6× 105
cells/ml. Four replicates of 50μl of each hydrogel were main-
tained in complete α-MEM for 24 hours, to let cells grow
within the gel. After this time, DRGs from P5 Wistar-Han
rat pups were dissected as previously described [15] and
placed on top of the ASC-containing hydrogels. Cultures
were kept for 7 days in neuron medium (Invitrogen, USA;
neurobasal medium supplemented with B27, L-glutamine,
glucose, and pen-strep). DRG culture on top of hydrogels
without cells was used as control.

2.7. Immunocytochemistry and Phalloidin/DAPI Staining.
After 4 and 7 days of cell culture, ASC and DRG cultures
were prepared for phalloidin/DAPI staining and immunocy-
tochemistry (ICC), respectively.

For ASC staining, phalloidin (Sigma, USA) was used to
stain the F-actin filaments within the cells’ cytoskeleton,
while DAPI (Invitrogen, USA) was used to mark the cells’
nucleus. Samples were fixed with 4% (v/v) paraformaldehyde
(PFA) for 45min at RT. After washing with PBS 1×, phal-
loidin (0.1μg/ml; Sigma), associated with Alexa-Fluor 594,
and DAPI (1μg/ml; Invitrogen) were added to cell for
45min at RT.

For ICC, an antibody for neurofilament (NF) was used to
stain the intermediate filaments of DRG neurons. For that,
the following antibodies were used: the mouse monoclonal
anti-rat neurofilament 200 kDa (Millipore, USA) as the
primary antibody and the Alexa fluor 488 goat anti-mouse
IgG (H+L) (Invitrogen, USA) as the secondary antibody.
Samples were fixed with 4% (v/v) PFA for 45min at RT.
For cell membrane permeabilization, samples were incubated
with 0.3% Triton X-100 (Sigma, USA) for 10min at RT and
washed 3 times with PBS 1×. Samples were then incubated
with a blocking buffer solution [PBS 1× containing 10%
FBS] for 90min at RT. Finally, samples were incubated with
the primary antibody for 48 h at 4°C. After washing three
times with PBS 1×, samples were incubated with the second-
ary antibody overnight at 4°C.

2.8. Quantification of Cell Densities and Axonal Growth. For
cell density measurement and morphology analysis, ASC-
containing hydrogels were imaged by confocal point-
scanning microscopy (Olympus FV1000). The number of
cells present in the hydrogels was inferred by counting
the number of DAPI+ cells in six regions taken at random
in each gel sample, using the cell counter plugin of the
ImageJ software.

For DRG axonal growth quantification, DRG cultures on
top of the hydrogels were imaged by fluorescence micros-
copy (Olympus BX-61 Fluorescence Microscope, Olympus,
Germany). Axonal growth was inferred by quantifying the
area occupied by the neurites within the hydrogels. For
that, three representative micrographs of each sample were
taken and later analyzed using ImageJ software. The image
scale was first set and converted to 8 bit and binary, which
will convert the green fluorescence (neurofilament staining)
into a black image with a white background. The body of

the DRG was then excluded. Thereafter, through the “analyze
particles” program’s setting, the area occupied by the neurites
was automatically calculated considering the image dark
background as contrast.

2.9. Statistical Analysis. All statistical analyses were per-
formed using GraphPad Prism (version 5.0; GraphPad Soft-
ware, USA). Differences among groups were assessed using
t-test or one way ANOVA test, followed by a Turkey post
hoc. A p value of ≤0.05 (95% confidence level) was set as
the criteria for statistical significance (∗).

3. Results

3.1. ASC Survival and Metabolic Activity in the Three
Matrices. In order to assess whether the GG-GRGDS, NVR-
gel, and collagen have the capacity to promote ASC survival,
viability, and proliferation, cells were encapsulated on the
three hydrogels at a cell density of 6× 105 cells/ml and cul-
tured for 7 days in serum-containing α-MEM. 2D cultures
were used as control. At the end of cell culture, phalloidin/
DAPI staining was performed.

All hydrogels were found to support ASC survival and
proliferation, as observed in Figures 1(a), 1(b), 1(c), and
1(d). ASCs disclose their typical spindle-like shape morphol-
ogy. Nevertheless, cell behavior was different within each
matrix, as the number of cells (DAPI+ cells) in the three
hydrogels and control was significantly different (Figure 1(e)).

In addition, a MTS assay was performed to assess the
metabolic activity of ASCs in the three hydrogels. Results
were presented as cell density/metabolic activity ratio
(Figure 1(f)). The cells within the GG-GRGDS gels had a
significantly higher metabolic activity when compared to
2D cultures, and NVR-gel, and collagen.

3.2. Pilot Screening on the Effects of GG-GRGDS, NVR-Gel,
and Collagen on the Gene Expression of Neurotrophic
Factors. ASC gene expression on some neurotrophic factors
relevant for axonal growth—BDNF, VEGF, NGF, and
GDNF—was analyzed using quantitative real-time PCR in
cells that were encapsulated on the different hydrogels.

No statistical differences were observed among gene
expression of ASCs in the different hydrogels for all the tested
growth factors, as denoted in Figure 2. Nevertheless, BDNF
and VEGF (Figures 1(a) and 1(b), resp.) appear to have a
higher expression in ASCs cultured in collagen gels, which
contrasts with lower expression profiles in GG-GRGDS and
NVR-gel. In turn, NGF and GDNF mRNA levels
(Figures 1(c) and 1(d), resp.) tends to be higher and very sim-
ilar in these hydrogels, when compared to collagen.

3.3. Impact of ASCs on Axonal Growth: Role of ECM-Like
Hydrogels. A DRG in vitro model of neurite/axonal growth
was used to evaluate the impact of ASCs encapsulated on
the different gels. For this purpose, ASCs were firstly encap-
sulated on the different gels, and DRGs were placed on top
of it. After 7 days of culture in neuron medium, neurofila-
ment staining was performed and DRG axonal growth was
quantified as previously described. The above-referred condi-
tions are represented in Figures 3 and 4.
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Upon quantification, DRG axonal growth was found to be
promoted either by gel alone (GG: 53925.1± 33506.3; NVR:
996721± 706734; collagen: 813013± 301688) (Figures 4(a),
4(b), and 4(c)) and by gels plus cells (GG: 524567± 14206.1;
NVR: 1.19× 106± 631584; collagen: 1.23× 106± 648435)
(Figures 4(a), 4(b), and 4(c)). Even though GRGDS by itself
was not able to promote high levels of neurite outgrowth,
the addition of ASCs had a significant impact on its effect.
Upon normalization against the respective controls, denoted
in Figure 4(c), ASC-containing GG-GRGDS hydrogels were
found to promote a robust and significant improvement of
axonal growth (972.77± 26.34), while NVR and collagen
shifts were marginal (119.72± 63.36; 151.52± 79.76, resp.).

These results suggest GG-GRGDS to be the most
favorable for ASCs in the promotion of axonal growth
by these cells.

4. Discussion

As previously stated, MSC transplantation is a promising
therapy to tackle the complex and diversified events that
occur in SCI, mainly due to their immunomodulatory capac-
ity with prosurvival character and regenerative potential
proven to be related with their secretome [11, 13, 16, 17].
However, the engraftment rate of transplanted cells in the
lesion site is lower than the required to induce a regenerative
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Figure 1: ASC encapsulation within the three matrices. ASC morphology was analyzed in (a) 2D cultures, (b) GG-GRGDS, (c) NVR-gel, and
(d) collagen. Moreover, (e) cell density and (f) the ratio cell density/metabolic activity were also assessed in serum-containing α-MEM.
Immunostaining for phalloidin (red) and DAPI (blue). Mean± SD; n = 4 per condition; p < 0 05. Scale bar: 200 μm.
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response [18]. For that reason, hydrogels have been
proposed as a substrate that promotes cell survival and
proliferation and allows a constant secretion of molecules
from MSCs in a local manner, thus dodging the need of
repeated administrations [1].

In this study, we intended to test three different matri-
ces—GG-GRGDS, NVR-gel, and collagen—as vehicles for
ASCs. After encapsulating the cells in these hydrogels, all of
them were found to support ASC survival, viability, and
proliferation. As shown in Figures 1(a), 1(b), 1(c), and 1(d),
ASCs were able to adhere to the 3D matrices, extending their
processes and presenting their typical spindle-like shape
morphology. Nevertheless, cells behave differently within
each matrix, as can be inferred by differences observed in cell
density after 7 days in culture (Figure 1(e)). In fact, the NVR-
gel presented a statistically significant higher cell density
when compared to 2D control and GG-GRGDS. Collagen
follows NVR-gel, and the lowest cell density was observed
for GG-GRGDS, all presenting statistical differences between
them. The discrepancies observed in these results highlight
the role of the ECM on cell adhesion, survival, and prolifera-
tion, besides demonstrating cell-type affinity to different
ECM molecules. For example, the NVR-gel ability to pro-
mote higher cell proliferation is likely to be caused by the

presence of the adhesion molecule laminin. In addition, this
can also be triggered by the HA present in hydrogel’s compo-
sition, which has high affinity to the cell surface receptor
CD44 [19], documented to be present in MSCs [20]. In fact,
Zhu et al. [21] evaluated the CD44-HA interaction in rat
MSCmigration and discovered that upon PDGF stimulation,
CD44 expression inMSC was increased. Moreover, cell adhe-
sion and migration was indeed proved to be dependent on
that interaction.

As one of the main constituents of ECM, collagen is cru-
cial for cell-cell and cell-ECM signaling and adhesion.
Importantly, cell recognition of these ECM molecules is cru-
cial for them to attach, survive, and proliferate. Therefore,
this could explain why cells had easily proliferated in the
collagen-based hydrogels. This is in accordance with a report
that screened several proteins to uncover which molecules
allowed a preferential binding of MSCs and the ones that
avoided a strong adherence of fibroblasts. The results
showed that MSCs bind with a higher efficiency to collagens
(I, III, and IV) and laminin-111, when compared to fibro-
blasts. Moreover, the same study showed that both cell
types bind with equally high efficiency to fibronectin. With
this in mind, one can conclude that the presence of fibro-
nectin peptides on the GG may justify the adherence,
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Figure 2: mRNA levels of BDNF, VEGF, NGF, and GDNF expression in ASCs cultured in GG-GRGDS, NVR-gel, and collagen after 7 days of
cell culture. HMBS was the house-keeping gene herein used. Mean± SD; n = 3.
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survival, and typical morphology of the ASCs on this
matrix. This was indeed observed in a study performed by
Silva et al. [3], where encapsulated BM-MSCs in a
GRGDS-modified GG revealed higher cell proliferation
and metabolic activity than unmodified gels. Moreover, cell
secretome was also positively influenced by the presence of
the peptide, as BM-MSCs seeded in GG-GRGDS induced a
higher metabolic viability and neuronal density of primary

cultures of hippocampal neurons than those seeded in the
regular GG. The reason why this hydrogel presented the
lowest response of ASCs from the three tested hydrogels
might be owed to the peptide concentration on the hydro-
gel, which may perhaps be lower than the necessary to
attain the desired effect. In fact, as described by Silva et al.
[3], the engraftment success for this molecule into the back-
bone of GG is around 30–35%, meaning that the GG-
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Figure 3: Coculture of ASC and DRG explants in serum-free conditions on GRGDS-GG (b), NVR-gel (d), and collagen (f). DRG
monoculture on GG (a), NVR-gel (c), and collagen (e) was used as control. Immunostaining for neurofilament (green), phalloidin (red),
and DAPI (blue). Scale bar: 200 μm.
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GRGD hydrogel had decreased the levels of cell adhesion
motifs when compared to collagen and NVR hydrogels.

Along with cell density measurements, the metabolic
activity of ASCs in the three hydrogels was also observed to
differ (Figure 1(f)). Interestingly, although GG-GRGDS pre-
sented the lowest cell density, the surviving cells had a signif-
icantly higher metabolic activity when compared with the
remaining hydrogels and control. This is similar to the results
obtained in the abovementioned study of Silva et al., as the
presence of this peptide allowed BM-MSCs to survive within
this modified GG hydrogel [3]. Regarding NVR-gel and
collagen, ASC metabolic activity was very similar to control,
suggesting no adverse effects of these hydrogels on ASCs.
Nevertheless, the results obtained with the GG-GRGDS are
of note. Altogether, these results indicate that the presence
of different ECM molecules may exert varying responses on
cellular functions by the same cell population. Moreover,
they also show how ECM incorporation on scaffolds provides
a higher cell response, which is advantageous for regenerative
strategies using cell- and biomaterial-based therapies.

The observation that different hydrogels/ECM molecules
influenced differently ASCs’ viability and metabolic activity
leads to question whether their gene expression on some
neurotrophic factors relevant for axonal growth could also
be different. For that reason, ASC mRNA levels of BDNF,
VEGF, NGF, and GDNF were measured. BDNF, GDNF,
and NGF belong to the neurotrophin family, which has an
important role in neuronal survival and/or protection and
axonal growth [22]. Some studies report BDNF to support
motor and sensory neuron survival (neuroprotective effects)
besides promoting the regeneration of axons in sensory and
motor neurons [23]. On the other hand, it is known that

GDNF enhances the survival and outgrowth of both motor
and sensory neurons [6] as well as stimulates axon sparing
and regeneration [24]. NGF is neuroprotective and promotes
neurite outgrowth of sensory and sympathetic neurons
in vitro and in vivo [25]. Finally, VEGF is a factor known to
promote angiogenesis but recent proofs indicate that this
factor has a neurotrophic and neuroprotective effect besides
stimulating axonal outgrowth [26]. In line with the previous
studies herein performed, ASCs’ gene expression seems to
differ in each matrix (Figure 2), although no statistical differ-
ences were observed. However, it is of note that the outcome
of the gene expression analysis should not be directly
assumed to the presence of the protein itself. So, further
studies comprising protein analysis should be performed to
confirm these results.

Altogether, the data obtained on hydrogels’ effect on ASC
behavior indicate that a modulation of the secretome by the
different matrices may be occurring and that ASCs adapt
their behavior according to the surrounding environment
and to the presence of biological cues. According to the
results obtained, it was possible to observe that GG by itself
is not able to promote DRG neurite outgrowth, while NVR
and collagen promote a 15-fold increase of axonal growth
in comparison to GG (Figure 4(a)). Interestingly, when ASCs
are present in the 3D system (Figure 4(b)), NVR and collagen
present an increase on DRG neurite outgrowth of only 0.2×
and 0.5×, respectively, in comparison to the growth observed
in these gels alone. On the other hand, a significant 10-fold
increase was observed on GG hydrogels in the presence of
ASCs. The normalization of the growth of axons on the
hydrogels containing ASCs to the respective controls enables
a clear interpretation of these results. The potentiation of
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Figure 4: Quantification of the neurite outgrowth promoted by (a) hydrogels alone, (b) hydrogels plus ASCs, and (c) hydrogels plus ASCs
regarding the respective controls. The mean area occupied by neurites (μm2) was calculated using Neurite J plugin for ImageJ (NIH)
software. Results presented as mean± SD; n = 4 per condition.
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neurite outgrowth by ASCs on GG can be explained by the
higher level of cells’ metabolic activity found within this
hydrogel (Figure 1(f)). Consequently, cells might be able to
secrete factors and molecules that help to compensate
the initial difference observed between the three hydrogels.
Altogether, these results point-out the GRGDS-GG matrix
as the one to which ASCs adapt better and that potentiates
their effects towards the promotion of axonal growth.

5. Conclusions

Spinal cord injury remains a physical, psychological, and eco-
nomic problem, lacking regenerative therapies that translate
into a complete and functional recovery of the patients.
Numerous strategies have arisen for the treatment of SCI,
but single therapy approaches were shown to be insufficient
in successfully repairing the injured SC. For that reason, a
combinatorial approach that acts in a synergistic arrange-
ment can help overcome this problem, as it can enhance or
avoid the limitations of the individual techniques. This work
demonstrated that the use of hydrogels supports both the
axonal growth and the ASC viability. The results from this
study also revealed the importance of having biological cues,
such as ECM molecules, to promote a more effective and
pronounced effect on both the ASC and DRG cultures. More-
over, it appears that the ASCs vary their gene expression
depending on the biological cues present on the hydrogels
and that cells modulate their behaviour accordingly. A
deeper understanding of the different interactions might give
new insights for tissue engineering approaches and perhaps
getting one step closer to a successful and functional recovery
from SCI.
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Human mesenchymal stem/stromal cells (hMSCs) have generated great interest in regenerative medicine mainly due to their
multidifferentiation potential and immunomodulatory role. Although hMSC can be obtained from different tissues, the number
of available cells is always low for clinical applications, thus requiring in vitro expansion. Most of the current protocols for
hMSC expansion make use of fetal bovine serum (FBS) as a nutrient-rich supplement. However, regulatory guidelines encourage
novel xeno-free alternatives to define safer and standardized protocols for hMSC expansion that preserve their intrinsic
therapeutic potential. Since hMSCs are adherent cells, the attachment surface and cell-adhesive components also play a crucial
role on their successful expansion. This review focuses on the advantages/disadvantages of FBS-free media and surfaces/coatings
that avoid the use of animal serum, overcoming ethical issues and improving the expansion of hMSC for clinical applications in
a safe and reproducible way.

1. Introduction

Regenerative medicine aims to repair or replace tissue or
organ functions, compromised due to aging, physical dam-
age, congenital defects, or diseases. Cell-based therapies are
based on the transplantation of freshly isolated or cultured
cells into the site of injury. Those cells are frequently stem
cells, which have the ability to self-renew and differentiate
along multiple lineage pathways, and thus contribute to
tissue repair/regeneration [1].

Among stem cells, human mesenchymal stem/stromal
cells (hMSCs) have generated great interest because they
are relatively easy to isolate, can be extensively expanded,
and present multiple differentiation potential, namely, bone
cells (osteocytes), cartilage cells (chondrocytes), and fat cells
(adipocytes). Therefore, they are good candidates for cell-
based therapeutic approaches towards several kinds of
pathologies, such as myocardial infarction [2], graft-versus-
host disease [3], Crohn’s disease, neurodegenerative and
muscle degenerative diseases [4], cartilage and meniscus

repair [5], or stroke and spinal cord injury [6]. According
to a study from Hart and colleagues, in February 2014 [7],
457 clinical trials involving hMSCs were registered world-
wide being China the leader in this ranking. At the time of
writing, the number of clinical trials raised until 706
(http://www.clinicaltrials.gov).

HumanMSC can be derived from different tissues such as
bone marrow (BM-hMSC), adult adipose tissue (AT-hMSC),
and mobilized peripheral blood, as well as from placenta and
umbilical cord blood (UC-hMSC), being BM the most
common source in clinical use. However, hMSC prevalence
in all these tissues is low, and the total amounts of isolated cells
are insufficient for clinical applications. For example, BMcon-
tains approximately 1 in 3.4× 104 bone cells [8], with total
numbers generally decreasingwith donor age [9]. Thenumber
of required BM-MSCs depends on the type of disease to treat,
ranging, for example, from 2× 106 cells/kg in graft-versus-
host disease to 8× 106 cells/kg in cardiomyopathy and to
10× 106 cells/kg in respiratory distress syndrome (https://
www.clinicaltrials.gov/). Thus, in order to have sufficient cell
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numbers for successful transplantation, isolated hMSC must
befirst expanded ex vivo, using effective and safemethods that
maintain their key properties in a shorter period of time in
order to avoid cell aging and possible contaminations [10].

Several controversies are related with the lack of com-
mon standard protocols for hMSC in vitro expansion. This
is critical since culture conditions may have an impact on
the transcriptome, proteome, and cellular organization of
hMSCs, which will affect their engraftment and performance
upon transplantation [11]. Discrepancy among laboratories
includes the choice of basal media and the addition of
supplementary factors. Moreover, hMSC being anchorage-
dependent cells, culture surfaces are often coated with
extracellular matrix (ECM) proteins or other commercially
available cell adhesion factors, generating an additional
element of discontinuity among expansion protocols. Finally,
to reduce variability between preclinical trials, cell culture
experiments must comply with good manufacturing prac-
tices (GMP) guidelines and every step of cell manipulation
must be defined in standard operating procedures (SOP).

In this context, considerable efforts have been made to
improve the ex vivo expansion of hMSC for clinical
applications, at different levels. This review highlights the
disadvantages associated with the use of fetal bovine serum
(FBS) as a nutrient-rich medium supplement and focuses
on the advantages/disadvantages of different xeno-free
and/or serum-free supplements and surfaces/coatings for
hMSC expansion.

2. Fetal Bovine Serum as a
Supplement for hMSC In Vitro Expansion

MSC growth in vitro must be supported by the addition of a
basal media such as Dulbecco’s modified Eagle’s medium
(DMEM), α-modified minimum essential medium (α-MEM)
[12], or media combinations such as 50 : 50 (v/v) of
DMEM :HAM’s nutrient mixture F12 [13] which generally
include (i) biosynthetic precursors for cell anabolism, (ii)
catabolic substrates for energy metabolism, (iii) vitamins
and trace elements, and (iv) inorganic ions to maintain
the pH and osmolarity of the culture [14]. This basal
medium is further supplemented with FBS, a highly rich
supplement that contains a cocktail of cell attachment
proteins, growth factors, and other important biomolecules.

According to the description by Lalu et al. in 2012 [15],
from 36 clinical studies involving hMSC, 27 used FBS as a
media supplement and 5 used human serum while 4 did
not specify the kind of supplement used. Table 1 describes
some successful clinical trials almost without side effects
where hMSCs were expanded in FBS-supplemented medium,
even though there are many concerns regarding the use of
FBS in terms of scientific ethical and economical disadvan-
tages. These are summarized together with FBS advantages
in Table 2.

FBS is an ill-defined supplement, with high inconsistency
in terms of the quality and quantity of bioactive compounds
[16]. Because of the great variability among different FBS

Table 1: Successful clinical trials involving hMSC expanded in vitro with FBS-containing medium.

Type of disease Treatment Reference

Luminal Crohn’s disease Allogenic hMSCs Forbes 2014 [101] (∗)

Ischemic stroke Autologous MSCs Lee 2010 [102] (∗∗)

Stroke injury Autologous MSCs Bang 2005 [103]

Amyotrophic lateral sclerosis Intraspinal cord implantation Mazzini 2008 [104]

Grade IV acute graft-versus-host disease Haploidentical MSC Le Blanc 2004 [105]

Brest cancer Autologous MSCs Koc 2000 [106]

Acute myocardial infarction Autologous MSCs Chen 2004 [107]
∗Australia being a country with no incidence of BSE and vCJD, the use of certified FBS for hMSC ex vivo expansion is still accepted; ∗∗no adverse events in terms
of zoonoses transmission were observed; however, since the vCJD latency period may last many years, long-term follow-up is needed.

Table 2: FBS use advantages and drawbacks.

Use of FBS as a supplement for cell culture
Advantages Disadvantages

Furnishes a cocktail of growth factors required for in vitro cell growth Ill defined

Universal: suitable for all cell types Lot-to-lot variability

Possible contamination of the cell surface with xenogenic
compounds that may influence cell behavior

Possible microbiological contamination (virus, prions bacteria,
endotoxins, and fungi)

Economical: worldwide availability

Ethical problems: requires the painful death of bovine fetuses
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batches, preselection of specific lots is often required, which
is costly, time consuming, and also hampers comparisons
between different research groups [17]. For example, Knepper
et al. showed that FBS from three different commercial sources
vary on the relative amounts and apparent molecular weights
of some transcription factors [18], while Zheng et al. showed
that different lots of FBS had varying concentrations of
proteins such as growth stimulatory and inhibitory factors,
with obvious implications in cell growth rates [19].

When FBS is employed in hMSC expansion for cell thera-
pies, there is also a strong concern regarding contamination
with xenogenic compounds and microbiological contami-
nants, such us viruses, prions, bacteria, fungi, and endotoxins.
Directive 2004/23/EC [20] and its recent implementation [21]
specify safety measures to be taken into account during
donation, procurement, testing, processing, preservation,
storage, distribution, and use of human cells and tissues
intended for human applications. A notable concern is the
potential cross-specific or zoonic transmission of unknown
pathogens related to the exposition of cells in culture to
animal-derived compounds. Zoonoses bring the risk of
virulent diseases such as anthrax, Q fever, and Creutzfeldt-
Jakob disease (CJD), where a special concern regards the risk
of bovine spongiform encephalopathies (BSE) transmission
and its relation to the new variant CJD (vCJD) [22]. Recently,
genetic material from bovine viral diarrhea (BVD) virus [23]
and new viruses has been detected in bovine serum by
massively parallel sequencing [24], a metagenomic technique
that can identify virusesandother adventitious agents,without
prior knowledge of their nature and being able to reveal either
latent or silent infections. Moreover, bovine species of
mycoplasma contaminants, often present in FBS, have been
frequently isolated from cell cultures [25, 26], but these can
be difficult to detect. In fact, batches of contaminated serum
may effectively pass the test for mycoplasma as negative
samples, as recently reported [27].

Regarding ethical concerns, FBS is harvested from bovine
fetuses taken from pregnant cows during slaughter, by
cardiac puncture and without any form of anesthesia [28].
During this procedure, fetuses undergo anoxia, a strong
oxygen deficiency, and are exposed to pain and/or suffering
in a procedure which may be considered ethically inhumane.
Finally, the use of FBS in cell culture raises logistic and eco-
nomic problems: around 1 to 3 fetuses are needed to produce
just a liter of serum, implying high costs related to animal
feeding, installation, and maintenance of the necessary infra-
structures. Recently, an imminent increase of the FBS cost
has been notified and justified according to the reduction in
supply and the increased demand from life science and phar-
maceutical customers. Considering the extensive spread of
cell therapy industry, the demand of serum is likely to signif-
icantly exceed the amount of maximum worldwide serum
availability [29].

3. FBS-Free Media Formulations for hMSC
In Vitro Expansion

Suitable alternatives to FBS for hMSC expansion should ide-
ally guarantee a well-defined composition, a reduced degree

of contaminants, low production costs, extended shelf life,
and easy availability. Different alternatives have been
described in the literature, which can be broadly divided into
(1) chemically defined media and (2) media supplemented
with human blood derivatives (Table 3).

3.1. Chemically Defined Media. Chemically defined (CD)
media include only components of known composition.
Common strategies for the preparation of CD media have
been amply described and validated [13]. In general, formu-
lations for MSC culture consist of a basal media, as already
discussed, to which different kinds of supplements are added.
Until 15–30 years ago, supplements used in CD media, as
highly purified hormones or growth factors, were often
obtained from human or animal serum but, nowadays, with
the advance of recombinant technologies, it is possible to
produce a wide range of human proteins that allow the
development of completely xeno-free CD media. Since
hMSCs can be isolated from different sources and vary
among different donors, the optimal CD media may have
different specific requirements concerning medium supple-
ments, which turns the development of a “universal” CD
media into a challenging task.

Different CD media (serum free and/or xeno free) for
hMSC are nowadays commercially available. For example,
TheraPEAK™ MSCGM-CD™ (Lonza) and PowerStem
(PAN Biotech GmbH) are able to support hMSC expansion
and differentiation; however, CD105 expression may be
significantly reduced after culture in those CD media in
comparison with serum-supplemented medium [30]. Many
of the currently available CD media require precoating of
culture substrates with ECM proteins to support cell attach-
ment (Section 4). For example, stemgro hMSC medium
(Corning), when used in conjunction with the Corning Cell-
BIND Surface (Section 4.6), enables hMSC attachment and
growth comparable to that of serum-containing cultures,
including maintenance of MSC multipotency. Another study
[31] showed that proliferation of human BM-MSCs was suc-
cessful on four different commercially available CD xeno-free
media (MesenCult-XF, STEMPRO MSC SF, TheraPEAK
MSCGM-CD, and Corning stemgro hMSC medium) and in
particular upon seeding on a proprietary surface (Corning
Synthemax Surface). The Corning medium, associated with
the synthetic surface, was able to promote significantly
higher long-term cell expansion than traditional serum-
containing medium on tissue culture polystyrene (TCPS).

There are however some disadvantages associated with
the use of CD media that might limit their wider application
in clinical scale hMSC expansion. For example, even if data-
bases of commercially available CD media are accessible
online [14], their exact compositions are not specified by
the suppliers. Cell-doubling times can vary among different
CD media [31], and in some cases, cell morphology and
size may differ and alterations in cell vacuoles may arise.
Also, the quality/activity of biological compounds in the
CD media formulations can generate variability among
different batches compromising experiment reproducibility.
The use of ECM-like coatings, often mandatory, may also
raise some concerns, because of batch-to-batch variability,
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poor information about their protein content, potential
immunogenicity of their components, and time-consuming
coating procedure [12]. Often, guidelines for cell adaptation
protocols are not provided, which can be a laborious, time-
consuming process. Finally, as already stated, this type of
media may result in nonoptimal cell growth, as compared
to medium supplemented with serum or other animal-
derived supplements, as reported in the literature in a study
where the performance of different commercially available
CD media was compared [32].

3.2. Human Blood Derivatives. Several “humanized” supple-
ments derived from human blood have been proposed,
namely, (1) autologous or allogeneic human serum (hS), (2)
human platelet lysate (hPL), (3) umbilical cord blood serum
(hUCBS), and, more recently, (4) industrial GMP human
plasma derivatives (supplement for cell culture (SCC)). The
use of each of these supplements will be described in more
detail in the following sections.

3.2.1. Human Serum (hS). Human serum (hS) can be col-
lected from autologous or allogenic whole blood donations.
Autologous hS has been widely described for its positive
effects on cell expansion. For example, medium supple-
mented with 10% v/v autologous hS was shown to be as effi-
cient as the same amount of FBS for hMSC isolation and
expansion, and even better as an inducer of osteogenic differ-
entiation [33]. Yamamoto et al. [34] demonstrated that a
patient’s autologous hS could be used to expand bone
marrow hMSC without compromising their potential for
osteogenic differentiation. However, it may be problematic
to collect a sufficient amount of autologous serum to propa-
gate hMSC for clinical application. Moreover, depending on
the patient, the quality of autologous serum may not be opti-
mal, especially in those undergoing other types of therapies
[11]. Also, a negative correlation between donor age and
the outgrowth of cells from human trabecular bone was
demonstrated in cultures supplemented with autologous
serum [35] suggesting that the use of autologous serum is
not suitable for elderly patients [36]. To try to overcome
these drawbacks, Spees and coworkers demonstrated that,
when cells are expanded in medium containing FBS and
afterwards transferred to AHS+ (autologous human serum
supplemented with growth factors), the amount of FBS
contaminants can be reduced in 99.99%, which could be used
as a strategy to circumvent the low availability of autologous
serum [37]. Nevertheless, Martin et al. demonstrated that
hMSCs cultured with FBS were contaminated with xeno-
derived carbohydrate N-glycolylneuraminic acid (NeuGc)
[38, 39]. The subsequent replacement of FBS by hS was insuf-
ficient for achieving complete decontamination, since cells
express bovine NeuGc on their surface, even after long
periods of culture without FBS [40].

On the other hand, hS from allogenic donations can be
associated with donor variability. Nevertheless, Witzeneder
et al. suggested that pools of 6 donors are sufficient to reduce
the variability among human blood samples [41]. However,
results from stem cell expansion with allogenic hS still
remain controversial, with both positive and negative

outcomes described in the literature. For example, autolo-
gous serum plus recombinant basic fibroblast growth factor
(bFGF) and three recombinant cytokines (Thrombopoietin,
Stem Cell Factor, and FL or “Fms-related tyrosine kinase 3
ligand”) have been shown to support expansion of primary
marrow stromal cells [42]. Adipose tissue-derived MSC
expanded with human allogenic serum pooled from 5 donors
exhibited a more spindle-shaped morphology and increased
motility than the same cells cultured on FBS, and a signifi-
cantly higher proliferative rate [43]. Moreover, it has been
demonstrated that human serum contains factors that, in
comparison to FBS, exert dramatic effects on BM-MSC cell
differentiation increasing the osteogenic and adipogenic
activity of dexamethasone [44]. However, Anselme et al.
[45] observed less formation of fibroblastic colony-forming
units (CFU-F) when hMSCs were cultured in hS as compared
to FBS-supplemented media. Nevertheless, BM-MSCs cul-
tured in hS before transplantation were more efficient in
the production of in vivo bone formation than the same cells
cultured in FBS [46]. Aldahmash and colleagues [47] did not
observe any significant differences in growth rates of an
immortalized hMSC line during short-term (10 days) and
long-term (100 days) culture in media supplemented with
allogenic hS in comparison with FBS. Recently, Choi et al.
compared the effects of different concentrations of autolo-
gous serum (1, 2, 5, and 10%) on expansion and adipogenic
differentiation of AT-MSC using 10% FBS as a control. They
found that cell isolation was successful without difference
among media, while the proliferation potential follows the
trend: 10% autologous serum> 10% FBS=5% autologous
serum> 2% autologous serum=1% autologous serum [6].

3.2.2. Human Platelet Lysate (hPL). Human platelet lysate
(hPL) can be obtained from blood platelets using different
procedures, among which the most common is the freeze/
thaw technique developed by Holmqvist and Westermark
[48]. This procedure for platelet isolation from blood pre-
serves their α granules, which contain a wide range of growth
factors such as bFGF, epidermal growth factor (EGF), hepatic
growth factor (HGF), insulin growth factor-1 (IGF-1),
platelet-derived growth factor (PDGF), transforming growth
factor-β1 (TGF-β1), and vascular endothelial growth factor
(VEGF). In comparison to human serum, hPL contains
higher levels of strong mitogens (e.g., EGF, PDGF, and
TGF-β1), whereas the levels of IGF-1 and the protein content
are lower due to the removal of immunoglobulins and albu-
min in the washing procedure [49]. In some studies, hPL
has been more efficient than FBS regarding the expansion
of hMSC, maintaining their differentiation potential as well
as their immunosuppressive properties, namely, in the case
of hMSC derived from adipose tissue [50]. Importantly, no
difference between the use of freshly prepared and expired
platelet concentrates has been observed regarding the prolif-
eration potential and osteogenic differentiation of hMSC
[51], suggesting that the bioactivity of this type of supple-
ment is quite stable. The addition of exogenous growth
factors has been commonly employed in FBS-supplemented
culture to increase cell proliferation rates [52]. However, even
if higher proliferation rates have been obtained in cultures
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supplemented with FBS combined with bFGF, as compared
to FBS only, those rates remained lower than the ones
obtained in medium supplemented with 10% hPL [53]. Inter-
estingly, hPL without the addition of anticoagulant forms a
soft hydrogel, providing a three-dimensional (3D) scaffold,
which has been described to increase in vitro expansion of
hMSC by mimicking a more natural 3D context than the
commonly used 2D polystyrene surfaces [50]. Finally, plate-
let derivatives have been already tested in clinical trials with
good results for the treatment of tendinopathies and osteoar-
thritis [54, 55] and in hearth failure [56].

However, the use of hPL also presents some disadvan-
tages. First, it is a supplement for cell culture that, similarly
to FBS, is not precisely defined. A high variability exists
between individual hPLs, as their composition is strongly
dependent on donor-related factors, such us age, gender,
blood group, and platelet individual counts [57]. Neverthe-
less, pooling different donations can reduce variability.
Schallmoser et al. demonstrated that a pool of 15 donations
can improve standardization [58]. Also, hPL isolation
process may affect platelet degranulation and, consequently,
growth factor content of hPLs. Additional variability may
result from the filtering procedure, storage typology, or the
content in heparin or anticoagulants [55]. Moreover, as
observed for other human-derived media supplements, there
is a concern regarding the possibility of immunological
reactions, in allogenic settings, and transmission of human
diseases. However, Castiglia et al. [59] recently described a
method named ihPL (inactivated hPL), which ensures
efficient generation of safe hPL batches, by virus inactivation
through UVA light.

3.2.3. Human Umbilical Cord Blood Serum (hUCBS).Human
umbilical cord blood serum (hUCBS) can be easily obtained
following normal delivery, thus normally screened for the
most common bacterial or viral contamination, and its use
does not raise any ethical issues. It contains high levels of
soluble growth factors and more than 60 proteins, namely,
albumin, transferrin, and fibronectin (FN) in high concentra-
tions, with different roles in cell growth and stem cell
differentiation [12]. Phadnis et al. [60] demonstrated that
BM-hMSC displayed a 32-fold increase in cell number 5 days
after seeding in UCBS against a 10-fold increase in FBS
culture conditions. Moreover, 10% UCBS has been proved
to be more efficient in promoting hMSC osteogenic
differentiation than 10% FBS because of its enhancement of
osteocalcin promoter expression [61].

In general, UCBS can be considered advantageous as a
cell culture supplement considering the easy availability of
this allogeneic source, the easy and inexpensive isolation
procedure [62], and the near absence of contaminants. On
the other hand, some limitations must be considered, such
as the high lot-to-lot variability, associated to donor-related
features and the presence of adventitious agents that may
eventually escape routine screening procedures.

3.2.4. Industrial GMP Human Plasma Derivatives
(Supplement for Cell Culture (SCC)). A new type of supple-
ment cell culture (SCC) has been recently described for

in vitro cell expansion [63], consisting on a GMP pharmaceu-
tical grade xeno-free human plasma-derived supplement.
SCC is obtained from human plasma through cold-ethanol
industrial fractionation [64]. Once plasma is collected from
healthy donors at USA-based FDA-licensed plasmapheresis
centers, plasma pools from over 1000 different donors are
assembled in a single plasma unit. Every individual donation
is tested for viral markers, and all plasma is tested, using
nucleic acid techniques, for the presence of DNA or RNA
from relevant pathogenic agents, in agreement with the
European and American legislations. In addition, SCC
production procedure includes a specific viral inactivation
step (gamma irradiation) besides other purification steps
with additional pathogen removal capacity [63].

SCC has already been successfully used as a supplement
for in vitro cell culture to basal medium that supports culture
of stem cells such as human embryonic stem cells (hES),
induced pluripotent stem cells (iPSC) derived from human
dermal fibroblast [65], and hMSCs [63]. When hMSCs were
expanded in SCC (15% SCC reconstituted in basal medium
(DMEM :HAM’s nutrient mixture F12)) containing a cock-
tail of growth factors and other elements such as insulin,
sodium selenite, and ethanolamine, cell yield was similar to
the one obtained for hMSC expanded in commercial
medium obtained from hMSC suppliers (Lonza Group and
PromoCell). Moreover, SCC-supplemented medium main-
tained hMSC in an undifferentiated state during expansion
and kept their capacity of adipogenic, chondrogenic, and
osteogenic differentiation, under inducing conditions [63].

However, SCC being a supplement in very recent devel-
opment, only few data are available in the literature regarding
its potential use as an hMSC medium supplement. Thus,
further investigations will help to a better characterization
and improve additional applications. Its introduction in the
market as other alternatives to FBS will show its potentiality
as a supplement for in vitro cell expansion.

4. Surfaces and Coatings to Promote hMSC
Attachment and Growth

Anchorage-dependent cells, such as hMSCs, are supported
in vivo by the ECM, an assembly of many proteins and gly-
cosaminoglycans (GAGs) that provides a 3D environment
for their organization into tissues. Specific interactions
between cell surface receptors and ligands on the ECM
mediate intracellular signaling pathways and control gene
expression, cytoskeletal organization, and cell morphology
that are involved in key cellular activities such as cell
adhesion, migration, proliferation, and differentiation [66].

When cells are cultured with FBS-supplemented
medium, a protein layer readily adsorbs to the tissue culture
polystyrene (TCPS) surface, the material generally used in
the commercial cell culture flasks. This protein layer contains
several adhesive proteins, such as fibronectin (FN) and vitro-
nectin (VN) that are essential to mediate early stages of cell
attachment [67], before cells are able to produce their own
ECM [68]. In contrast, hMSC cultured in the absence of
FBS does not properly attach to TCPS [69]. A common strat-
egy for hMSC expansion in serum-free conditions is their
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preincubation in FBS as a transient adaptation step to serum-
free medium [69]. This process can confer to the cells the
necessary elements for attachment. However, this is not
acceptable in a GMP setting, demonstrating the need of
identifying defined cell attachment factors and also design-
ing new culture surfaces that support hMSC adhesion and
proliferation, while maintaining its multipotency, in the
absence of FBS.

4.1. Surface Coating with Cell-Adhesive Proteins. The
simplest strategy to improve the attachment of hMSC in
culture cell consists in precoating TCPS surfaces with puri-
fied adhesive proteins that can be isolated from human
plasma or synthesized by recombinant technologies. Surface
modification with a FN coating is probably the most widely
used strategy for improving hMSC adhesion and proliferation
in serum-free conditions. FN is amultifunctional, ECMglyco-
protein that contains several functionally and structurally
distinct domains, including cell-binding domains such as the
RGD (Arg-Gly-Asp) sequence that are recognized by cell
surface integrins, namely, α5β1 and αvβ3 [70]. Other coating
proteins, such as laminin (LN), collagen type I (COL I) and
collagen type IV (COL IV), and gelatin, also showed to
improve hMSC adhesion and growth in serum-free medium
[69]. In contrast, the number of attached hMSC on poly-D-
lysine precoated surfaces was very low evenwhen studies were
performed in the presence of FBS [69].Moreover, cells did not
show their typical fibroblast-like spindled-shapemorphology,
which couldbe relatedwith their low spreading capacity in this
type of coating [71]. Ode et al. also reported that TCPS
precoated with FN as well as COL I, II, III, and IV and fibrin-
ogen (FG), but not with LN, induces hMSC adhesion and pro-
liferation in serum-reduced conditions (0.1% v/v FBS) [72].
LN, an ECM protein especially abundant within the basal
lamina of epithelial and endothelial tissues, has been described
as an important mediator of cell attachment and migration
[73]. Yet, the effect of LN-coated surfaces on hMSC adhesion
and growth is not clear since opposite outcomes have been
reported [69, 72, 74, 75]. Differences in hMSC behavior on
LN-coated surfaces could be related with (i) protein confor-
mation, which is dependent on the type of substrate, LN
concentration, and incubation time; (ii) type of LN, as differ-
ent forms have been identified; and (iii) disparities in terms
of cell culture protocols, including the type of medium used.

Ogura et al. [76] also demonstrated that hMSC attach-
ment and spreading on FN-coated dishes were increased
when compared to albumin-coated dishes. This is not
surprising since albumin, the protein that exists in higher
concentration in serum and the first to reach and adsorb
to most of the surfaces, is known by its nonadhesive
characteristics [77].

Besides affecting hMSC attachment and proliferation,
ECM protein coatings can also influence cell differentiation
into specific lineages. For example, it is known that FN plays
a pivotal role in hMSC osteogenic differentiation, while inhi-
biting adipogenesis [78]. VN and COL I coatings were also
shown to induce MSC osteogenic differentiation [74, 78]
through interaction with specific COL I receptor α1β1 and
VN receptor αVβ3 integrins. This fact was observed even in

the absence of soluble osteogenic inducers [74]. LN-1 and
LN-5 were shown to promote hMSC osteogenic differentia-
tion in xeno-free conditions (human plasma and platelet
extract) [79], but LN-5 suppress chondrogenic differentiation
[75]. Since surface chemistry will influence the amount and
conformation of the adsorbed protein layer and thus the
exposure of specific integrin-binding sequences, the type of
substrate used will affect hMSC differentiation profile even
when the same protein coating was used [80].

TCPS coated with keratins, isolated from human hair,
was recently suggested as an alternative to other most com-
mon adhesive proteins for hMSC in vitro expansion [81].
This protein contains the LDV (Leu-Asp-Val) cell adhesion
motif recognized by cell membrane integrin α4β1. Moreover,
human hair keratins can be easily obtained in abundance
even from an autologous source. However, more studies need
to be performed in order to further validate its suitability for
this kind of applications.

4.2. Surface Modifications to Promote Adequate Adsorption of
Adhesive Proteins. The type of underlying substrate used for
cell culture also influences hMSC adhesion and proliferation,
since it dictates the nature, conformation, and orientation of
adsorbed proteins and, consequently, the exposure of active
ligands (cell-binding domains) for cell recognition and bind-
ing. Commercial cell culture flasks are commonly made of
TCPS. These surfaces are obtained by modifying hydropho-
bic polystyrene surfaces, often by gas-plasma treatment, to
turn them hydrophilic and negatively charged. This pro-
motes the adsorption of serum attachment proteins such as
FN and VN, in relation to other proteins such as albumin
[82], providing better surfaces for subsequent cell adhesion.

In fact, it is currently well known that cell-binding
domains of FN are hidden when the protein is in its native
structure, becoming exposed upon adsorption on surfaces
with adequate wettability and charge [83]. So, the effect of
adsorbed FN on cell attachment largely depends on the prop-
erties of the underlying substrate. For example, Dolatshahi-
Pirouz et al. demonstrated that although FN adsorption was
higher on gold (Au) surfaces than on hydroxyapatite (HA)
surfaces, the morphology of attached hMSC was more
regular on HA. This was explained by the higher exposure
of cell-binding domains on FN adsorbed on HA, which was
confirmed using monoclonal antibodies directed against FN
cell-binding domains [84]. The influence of surface wettabil-
ity (hydrophilic versus hydrophobic surfaces) on selective
adsorption of FN and VN from FBS and respective exposure
of cell-binding domains was also studied using self-
assembled monolayers (SAMs) prepared by mixing different
ratios of OH- (hydrophilic-) and CH3- (hydrophobic-)
terminated alkanethiols [67]. hMSC adhesion and prolifera-
tion increased with the increase of surface hydrophilicity
(increase of OH/CH3) which was directly correlated with
the increased exposure of cell-binding domains on adsorbed
FN and VN [67]. However, Curran et al. [85] did not find
differences in hMSC adhesion and viability among −CH3,
−OH, −NH2, −SH, and −COOH glass silane-modified sur-
faces in the presence of FBS. Nevertheless, they demonstrated
that surface chemistry was able to modulate hMSC potential
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of differentiation. They reported that only −CH3 surfaces
were able to maintain MSC phenotype, since cells were
expanded without losing their differentiation skills under
appropriated stimulus. NH2 and −SH surfaces promoted
osteogenesis differentiation while −OH and −COOH
surfaces support chondrogenic differentiation even in basal
conditions [85].

Although all these studies were performed in the
presence of FBS, they highlight the importance of surface
chemistry on the amount and conformation of adsorbed
adhesive proteins, an essential step in the design of substrates
for serum-free or xeno-free hMSC cultures.

4.3. Surface Chemical Modifications with Cell-Adhesive
Peptides. Since the process of surface coating by simple
protein adsorption does not provide a high level of control
over the presentation of cell-binding domains, different
strategies have been idealized to covalently immobilize cell-
binding motifs (e.g., RGD) on a substrate [86, 87]. With this
strategy, problems associated with surface coatings with
proteins from animal or human origin can be overcome,
since cells may directly bind to the functionalized substrate.
Other advantages of chemically modified synthetic surfaces
are their higher stability during storage and their low batch-
to-batch variability.

An array with different RGD densities in a bioinert
background was developed using different concentrations
of the immobilized peptide sequence RGDSP (Arg-Gly-
Asp-Ser-pro) on ethylene glycol-terminated SAMs. Results
demonstrated that higher peptide densities induce higher
MSC spreading and focal adhesion formation in the presence
of FBS [88]. In fact, it is well known that although surfaces
functionalized with RGD motifs can increase hMSC attach-
ment and spreading, its efficacy strongly depends on its sur-
face density [87] and patterning [89]. Surfaces functionalized
with RGDs for xeno-free hMSC culture are already commer-
cialized by BD Biosciences (Section 4.6).

4.4. Surface Coatings with Decellularized ECM. Single-protein
coatings as the ones described above lack the complexity of
cell-secreted ECM. Coatings with decellularized ECM can be
used as an alternative to single proteins to improve cell growth
and proliferation in vitro without the loss of their stem cell
properties [90]. To obtain these coatings, hMSCs are cultured
on tissue culture plates (or other substrate of interest) for
enough time to allow cells to produce their own ECM, after
which the coating is decellularized through appropriate pro-
cessing, leavingonly theECMcomponents. Thedecellularized
ECM coating can be maintained in the original substrate,
where subsequent hMSC populations can be directly cultured
or can be collected and transferred to other substrate without
losing its instructive potential [90].

Lai et al. described the characteristics of an ECM coating
produced by hMSC before and after decellularization. Using
confocal microscopy, it was possible to visualize the localiza-
tion of COL I and III, FN, small leucine-rich proteoglycans
such as biglycan and decorin, and major components of
basement membrane such as the large molecular weight
proteoglycan perlecan and LN [91].

A coating with ECM derived from human fetal MSC
(fMSC) improved adult hMSC proliferation maintaining
their multipotency, in comparison with ECM derived from
adult MSC and TCPS. This fact could be related with the
higher proliferation capacity of fMSC with associated higher
amounts of ECM production [92]. These results are very
promising for ex vivo expansion of hMSCs; however, they
were not performed in xeno-free conditions. Moreover, the
available amount of fMSCs associated with ethical issues
could be a concern for this strategy.

The most commonly used decellularization processes are
based on the detachment of intact cells using enzymatic
processes or the lysis of cells using detergent compounds.
However, all these processes have disadvantages, namely,
the use of proteases such as trypsin, which can damage the
ECM components, and the lysis of cells that can contaminate
the resultant ECM with intracellular components. Rao
Pattabhi et al. described a new decellularization protocol
based on cold EDTA to remove intact cells from ECM with-
out enzymes and detergents and with minimal ECM damage
and contamination. They demonstrated that ECM derived
from hMSCs obtained using this process enhances the
proliferation of naive hMSC maintaining their potential for
osteogenesis and adipogenesis [93].

However, all these assays were performed in standard
medium containing FBS since their aim is the development
of protocols that can enhance hMSC proliferation maintain-
ing their multipotency. Thus, additional experiments are
needed to adapt these strategies to xeno-free MSC cultures.

4.5. Surface Modification with GAGs. GAGs are ECM poly-
saccharides that are involved in a variety of extracellular
and intracellular functions and are being widely explored
for tissue engineering applications, when used both as surface
coatings [94] and as 3D scaffolds for hMSC culture [95, 96].

Heparin is a linear GAG containing several sulphate and
carboxyl groups, with a high negative charge density and
with several well-characterized binding domains to different
growth factors and ECM proteins, such as FGF-2, FN, VN,
LN, COL, and bone morphogenetic proteins (BMP) [97, 98].

Heparin-functionalized surfaces may be engineered to
attract and bind soluble growth factors, concentrating them
on the surface, which avoids the need of using extra high
concentrations of soluble growth factors during in vitro
hMSC expansion. However, besides promoting hMSC
adhesion and proliferation, these surfaces also induce osteo-
genic differentiation in standard culture medium [95]. This
fact was associated with heparin ability to sequester from
the culture medium not only proteins essential for hMSC
adhesion (e.g., FN and VN) and proliferation (e.g., FGF2)
but also proteins involved in osteogenic differentiation
(e.g., BMPs) [99].

In a different approach, surfaces can be engineered to
specifically sequester serum-borne heparin to cell-material
interface and thus to attract and bind soluble growth
factors. Heparin-binding surfaces were prepared by cova-
lent immobilization of a small heparin-binding peptide
(GGGKRTGQYKL) and the integrin-binding peptide
(RGDSP) on bioinert SAMs. RGDSP was included to
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improve cell adhesion to bioinert SAMs. In the presence of
FBS, these surfaces were able to enhance hMSC prolifera-
tion and osteogenic differentiation by amplifying the activ-
ity of endogenous FGF-2 and BMP, respectively [99].

However, it was also suggested that the upregulation of
hMSC osteogenic differentiation could be related with
heparin-induced alterations on FN conformation. Recent
evidences pointed out that heparin induces a more extended
conformation of fibrillar FN included in ECM scaffolds.
Extended FN may expose hidden binding sites for many
growth factors (e.g., FGF-2, BMP-2, and VEGF) that are
fundamental on hMSC osteogenic differentiation [100].

4.6. Commercial Coatings and Modified Surfaces for MSC
Culture. Different xeno-free protein-based coatings or modi-
fied culture surfaces for hMSC culture have been developed
and are currently commercially available. Their use is nowa-
days widespread for hMSC in vitro expansion, especially
when in combination with serum-free or chemically defined
media. Some examples are described in Table 4, which is
intended to be illustrative rather than all inclusive.

5. Conclusions

With impressive biological properties, hMSCs are nowadays
considered one of the most promising cell types for cellular
therapies, already demonstrated in many clinical trials
using hMSC. Nevertheless, hMSCs are scarce and to
achieve sufficient numbers for cell transplantation, an
in vitro expansion step is required. This procedure requires
improvements in order to guarantee a safe preparation of
hMSC as therapeutic products.

Specific challenges concern the substitution of animal
components such as FBS during hMSC in vitro expansion,
since its uses raises scientific, economic, and ethical issues.
To improve clinical use of hMSC for advanced therapies, cell
culture/expansion under xeno-free conditions should be
encouraged. Current strategies include the replacement of
FBS with chemically defined media or human plasma

derivatives such as hS, hUCBS, hPLs, and a more recent
GMP-compliant supplement for cell culture (SCC).
Beyond soluble components, recent investigations consist
also in the development of refined culture surfaces for
hMSC in vitro culture: in order to augment the adsorption
of adhesive and/or growth-promoting agents, surfaces can
be functionalized with adequate chemical groups and
modified by immobilization of peptide ligands or whole
ECM proteins such as GAGs and FN. However, most of
these studies are being conducted in the presence of serum
and additional experiments are needed to transpose these
strategies to xeno-free MSC cultures.

In recent years, different promising experimental settings
have been proposed towards clinical safety of hMSC ex vivo
expansion and illustrated herein. However, there is still a lack
of standardized protocols for this intent; thus, high-quality
translation research and exchange among the numerous
research groups interested in the field are demanded.
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Tissue engineering is an emerging strategy for repairing damaged tissues or organs. The current study explored using decellularized
rat diaphragm scaffolds combined with human amniotic fluid-derived multipotent stromal cells (hAFMSC) to provide a
scaffold, stem cell construct that would allow structural barrier function during tissue ingrowth/regeneration. We created
an innovative cell infusion system that allowed hAFMSC to embed into scaffolds and then implanted the composite tissues
into rats with surgically created left-sided diaphragmatic defects. Control rats received decellularized diaphragm scaffolds
alone. We found that the composite tissues that combined hAFMSCs demonstrated improved physiological function as
well as the muscular-tendon structure, compared with the native contralateral hemidiaphragm of the same rat. Our results
indicate that the decellularized diaphragm scaffolds are a potential support material for diaphragmatic hernia repair and
the composite grafts with hAFMSC are able to accelerate the functional recovery of diaphragmatic hernia.

1. Introduction

Tissue engineering technologies have developed rapidly in
the last decade. Several successful bioengineered tissues
are undergoing evaluation in clinical trials. Recently, decel-
lularized tissue has been used as a scaffold to grow organs,
including a functional heart, lung, intestines, and other
organs [1, 2]. The process of decellularization can remove
resident cells from the donor organs or tissues using deter-
gent and mechanical agitation, leaving a three-dimensional
(3D) extracellular matrix (ECM) scaffold that can be reseeded
with new progenitor cells or composites [3–5]. The bene-
fits of decellularized ECM scaffolds include preservation
of the natural organ architecture as well as maintenance
of microvascular networks [4, 6, 7]. Thus, decellularized
scaffolds have gained popularity and are becoming a com-
mon scaffold for whole organ regeneration. In larger

organs with intact macrovasculature, recellularization with
stem cells can be accomplished by intravascular infusion.
In smaller tissues, this is more difficult. To overcome this
in our model, we developed a perfusion apparatus to allow
pressurized donor cell infusion into an ECM scaffold.

Congenital diaphragmatic hernia (CDH) is a congenital
diaphragmatic defect associated with pulmonary hyper-
tension and cardiopulmonary failure that continues to
present a challenge for neonatologists and pediatric sur-
geons [8–10]. While the incidence of CDH varies between
1 : 2000–4000 live births, the hospital costs exceeds 100 times
the cost of an uncomplicated birth [11]. Small defects
described as types A and B by the Congenital Diaphragmatic
Hernia Study Group can be repaired primarily [12]. How-
ever, larger types C and D defects require patch repair [13].
Although the early mortality associated with CDH has
decreased to 5–10% due to improved neonatal intensive care,
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the long-term morbidity associated with patch repairs
remains significant, including musculoskeletal chest wall
deformities (67%), scoliosis (13%) as well as small bowel
obstruction (13%), and failure to thrive (78%) with many
infants at less than 50% percentile in weight at 24 months
post discharge [14, 15]. In the last decade, clinical and
preclinical investigators have been investigating the use
of biological patches for CDH repair and have included
lyophilized dura, small intestine submucosa (SIS), and acel-
lular dermis (Alloderm®) [16–18]. Biological patches alone
have failed due to lack of tissue ingrowth with subsequent
resorption of the patches, poor immediate strength, rupture,
neighbor tissue adhesions, and fibrosis. Tissue-engineered
patches for CDH repair seek to improve biomechanical
compatibility while reducing recurrent hernia [18–23].
Decellularized ECM scaffolds have the potential of regenerat-
ing the structure and function of their native tissue over
commercially available matrices from other tissues. Those
decellularized ECM scaffolds have been used in combination
with stem cells to construct composite tissues that have
been utilized successfully in tissue repair, including dia-
phragmatic repair [23–25]. While the current practice of
PTFE/Gore-tex® patch repair is reasonably effective with
acceptable rates of recurrence and infection, a simple biologic
tissue could represent an advantage, especially on the large
diaphragmatic defects.

In the current study, we explored using a biological
patch comprised of decellularized ECM scaffolds from rat
diaphragms seeded with human amniotic fluid-derived
multipotent stromal cells (hAFMSC), to repair a surgical
diaphragmatic defect in a rat model. Structural and func-
tional measures were used to define treatment outcome. We
aimed to test whether a decellularized ECM scaffold recellu-
larized with amniotic-derived stem cells can construct a
functional composite tissue for diaphragmatic defect repair
in a rat model.

2. Materials and Methods

2.1. Decellularized ECM Scaffolds from Rat Diaphragms. The
procedure of tissue decellularization is to effectively remove
cellular components and residual DNA, but keep the physi-
cochemical structure of the ECM to support seeding cells’
survival in a 3D architecture [25, 26]. Our protocol includes
(1) excision of the rat hemidiaphragm in a sterile environ-
ment; (2) put the diaphragm in a tube with 40mL PBS
(50mL, BD); (3) transfer the diaphragm into a 50mL tube
prefilled with 0.5% SDS; (4) attach tube to rocker (Nutator,
number 421105, Beckton Dickinson, MD) and rotate for
0.5/sec for 24 hours; (5) transfer the diaphragm to a fresh
tube prefilled with 0.5% sodium dodecyl sulfate (SDS) and
rotate for 24 hours; (6) transfer the decellularized tissue into
a 50mL tube with sterile PBS and wash during rotation for 24
hours; and (7) leave the tissue in PBS and store at 4°C.

2.2. Mechanical Testing for Rat Diaphragm or Decellularized
ECM Scaffolds. Six Sprague Dawley (SD) adult rats (female,
150–175 grams, approximately 7-8 weeks old, Charles
River Lab.) were used to biotype donor diaphragms. After

successful decellularization, the rat diaphragm ECM tissues
were prepared as 5mm wide× 10mm long strips and
mounted in a physiological perfusion chamber, interfaced to
a force transducer that measures contractile force via a multi-
tier Power Lab monitor (Experimetria Ltd. Balatonfured,
Hungary). Once the tissue is mounted on the transducer,
the hook and thread connected to the transducer are pulled
taut so any subsequent contractions pull the force transducer
down, displacing the sensor. This displacement, enhanced by
the amplifier, is then graphically displayed on the computer
screen versus time. Maximum force readings of ~6.0 grams
were set for these measurements, since over 6.0 tears the
ECM scaffolds.

2.3. Transmission Electron Microscopy (TEM) Scans for
Decellularized ECM Scaffolds. Samples of ECM scaffolds
were fixed with a TEM preparing solution containing 3%
glutaraldehyde plus 2% paraformaldehyde in 0.1M caco-
dylate buffer (pH7.3), for 1 hour at ambient temperature,
and then washed with cacodylate buffer (0.1M, pH7.3) for
3× 10 minutes. After fixation, the samples were sequentially
treated with Millipore-filtered 1% aqueous tannic acid for
30 minutes and 1% aqueous uranyl acetate for 1 hour in the
dark. Then, the samples were dehydrated with a series of
increasing concentrations of ethanol for 5 minutes each and
then transferred to a series of increasing concentrations of
hexamethyldisilazane (HMDS, 5 minutes each) and air-
dried overnight. Samples were mounted on to double-stick
carbon tabs (Ted Pella, Inc., Redding, CA), which had been
previously mounted on to aluminum specimen mounts
(Electron Microscopy Sciences, Ft. Washington, PA), and
then coated under vacuum using a Balzer MED 010
evaporator (Technotrade International, Manchester, NH)
with platinum alloy for a thickness of 25nm and then
immediately flash carbon coated under vacuum. The sam-
ples were transferred to a desiccator for examination at a
later date. All samples were read in a JSM-5910 scanning
electron microscope (JEOL, USA, Inc., Peabody, MA) at
an accelerating voltage of 5 kV.

2.4. hAFMSC Isolation and Identification. hAFMSCs were
isolated via amniocentesis (2–5mL) from pregnant women
(18 years and older, at least 16 weeks 0/7 days pregnant in
sterile fashion during routine diagnostic amniocenteses
from patients at the Texas Center for Maternal and Fetal
Treatment (Institutional Review Board HSC-MS-111-0593).
These samples were stored at 5°C after collection and proc-
essed within 48 hours from procurement (Institutional
Biosafety Committee). Sample processing, including the
isolation and expansion, was carried out in an ISO7 human
cell production facility, in compliance with current good
manufacturing practice (cGMP) guidelines of the Food
and Drug Administration (FDA). These cells were identi-
fied based on their surface markers by immunostaining
with flow cytometry analysis. We selected one donor-
derived hAFMSC for the current study (from a 33-year-
old healthy Caucasian female, nonhispanic donor at
gestational age 20 weeks). The selected hAFMSCs were
prelabeled with green fluorescent protein (GFP) as a track
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marker by using a lentivirus vector (Invitrogen) according
to the manufacturer’s instruction.

Following expansion, the aliquots were stored in liquid
nitrogen for further studies. To confirm immunophenotype
and differentiation capacity, hAFMSCs were tested for hall-
marks via cell surface markers: CD90, CD73, CD45, CD34,
CD29, CD106, CD10, CD13, HLA-ABC, and HLA-DR by
flow cytometry, consistent with the International Society
for Cellular Therapy (ISCT) definition of mesenchymal
stem cells (MSCs) cell surface markers. We also evaluated
their multiple-differentiation abilities in vitro, including
osteogenic, adipogenic, chondrogenic, and myogenic differ-
entiation, as described by others and in our previous
reports [27–31].

2.5. Design and Creation of an Infusion System for Cell
Seeding. An infusion system was designed to create a uniform
distribution of donor cells within a scaffold (Figure 1). The
flow/medium influence is able to transport donor cells and
distribute into the deep portion of decellularized ECMs.
Briefly, donor diaphragm ECM scaffolds (adult female rats)
were sandwiched in an infusion chamber, with media and
cells pushed across the scaffold via hydrostatic pressure.
The chamber consists of two pieces of polycarbonate, a seal-
ing O-ring, luer connector fittings, and a set of machine
screws to secure the polycarbonate pieces together. An
exploded and assembled view of a CAD model of the device
is shown in Figures 1(a) and 1(b), respectively. The polycar-
bonate pieces were milled from stock 1″rod to create a small
fluid chamber, a through-hole down the center, several
through-holes circumferentially, and a small groove to allow
for proper seating of the O-ring. The center through-holes
were threaded to accept a luer fitting. The circumferential
holes of one of the polycarbonate parts were also threaded
to accept the clamping screws. After machining, the parts
were vapor polished using dichloromethane to improve opti-
cal transparency of the device. For each ECM, we seeded it in
1× 104 fAFMSC (diluted in 1mL PBS); subsequently, those
composite tissues were transported (4°C) for surgery to
repair the diaphragm defects created in the rat model.

2.6. Surgical Repair Diaphragmatic Defect in a Rat Model. All
surgical procedures were approved by the Animal Welfare

Committee (AWC) of the McGovern School of Medicine
University of Texas Medical School at Houston (Protocol
number AWC-12-080). SD rats (used number of rats: n=40;
150–175 grams, 7 weeks old, female, Charles River Lab.) were
anesthetized with 4% isoflurane and underwent endotracheal
intubation under direct visualization. The animals were then
placed on a heated operating platform and connected to a
volume-controlled ventilator at a rate of 85 breaths perminute
and tidal volume of 10 cc/kg with 2%maintenance isoflurane.
After the appropriate anesthetic plane was confirmed by toe
pinch, the rats were then sterilely prepared and draped to
expose the upper thorax and abdomen. A 1.5 cmmidline inci-
sion was created, beginning just inferior to the level of the
xiphoid process. After entering the abdomen, a self-retaining
abdominal wall retractor was used to expose the liver and
diaphragm. A 3-0 chromic suture was then passed through
the xiphoid and skin and secured in a sterile fashion to a fixed
retractor to further expose the diaphragm.

Electrocautery was used to detach the falciform ligament,
and a fined tooth forceps was used to grasp the center of the
left hemidiaphragm, providing inferior gentle retraction
away from the thoracic cavity; a small defect allowed
insertion of the tip of the electrocautery device to breach
the negative pressure of the thoracic cavity. An 18-gauge
angiocather serving as a chest tube was then introduced into
the thoracic cavity under direct visualization. A 1.2× 1.2 cm2

circular diameter defect (about 75% tendon and 25%
muscle-like tissues represent a total of ~40% of the total
hemidiaphragm) was created in the left hemidiaphragm
using electrocautery, and the experimental patch was sutured
to the diaphragm in an underlay fashion with 2-3mm over-
lap using 4-6 interrupted 5-0 Prolene@ sutures. The repair
procedure is shown in Figures 2(a) and 2(b).

To close the abdomen, the pneumothorax was evacuated
with a 10 cc syringe. Cefazolin (60mg/kg) was administered
directly to the peritoneum, and 0.25% bupivacaine infiltrated
into the peritoneum and subcutaneous tissues along the
incision. The incision was then closed with 4-0 Vicyrl@
sutures in two layers.

2.7. Biomechanical Stretch Testing. Currently, there are
no methods that have been reported for testing diaphrag-
matic functions. We created a physiological test for rat

(a) (b)

Figure 1: A scheme design of cellular infusion system. Two acrylic cylindrical paths allow pressurized perfusion of cell containing medium
through a scaffold that results in cell seeding of the various layers of the scaffold. (a) Infusion system components. (b) Medium flow direction.
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diaphragmatic function based on our previous reports of
skeletal muscle functional tests [32–34], via an electric
stimulation to measure the rat diaphragm contractility
ex vivo. At 4 and 6 months postsurgery, rats were anesthe-
tized with 4% isoflurane and the chest and abdomen were
exposed using a single midline incision. The sternum was
bisected two rib levels above the diaphragm and carried
posteriorly to the spine. After cardiac puncture, the segment
of the dissected ribcage was then removed en bloc to include
the entire diaphragm. The ribcage was trimmed so that the
diaphragm was supported by just one rib level and placed
in Kreb’s solution. The diaphragm was then bisected to
form two triangular segments, the right segment represent-
ing native diaphragm and the left representing the patch.
Each triangle segment had a rib as the base and the cen-
tral tendon at the apex. Both segments were then attached
to a muscle stimulation platform to support a rib on one
end. The segment was then passed through two metallic
rings to create a uniform electric field. A 5-0 silk suture
was then tied to the central tendon at the apex of the
triangular segment. Each platform, containing one dia-
phragm segment was placed and secured to an organ bath
containing Kreb’s solution and connected to an oxygen
supply. The sutures were then tied to a precalibrated canti-
lever for force transduction using LabChart ADInstruments
software (Colorado Springs, CO). The diaphragm segments
were prestretched to 1.0 gram and stimulated with 10 volts
to generate a baseline force versus time curve. The diaphragm

segments were then allowed to equilibrate for 30–45 minutes
to allow for maximal recovery of force generation, and
sequential stimuli are given with 1.0 gram prestretch; the
contractile force was measured. The elasticity of the tissue
segments was also measured by sequentially elongating
the tissue segments by 1.0mm increments and measuring
both the passive or stimulated maximum force for each
incremental stretch.

2.8. Histological Analysis. The repaired diaphragms were
biopsied, and the biopsied sites were selected from the
repaired edge parts, for histological analysis. Serial 8–10
microcryostat sections were performed for histological
analyses. Hematoxylin and Eosin (H&E) staining identified
the muscle tissue. Trichrome staining was used to analyze
the collagen content (reflecting tendon-like tissue formation)
of the repaired site tissues. The tissue slides were proc-
essed as specified in the manufacturer’s protocol (Masson’s
Trichrome Stain Kit, K7228 IMEB, Inc.); thus, the nuclei
were stained black, muscle fibers were stained red, and all
collagen was stained blue. For immunohistochemistry, we
used 10% horse serum (HS) to block nonspecific background
binding and then applied rabbit anti-Nestin (1 : 100, Santa
Cruz Biotechnology) and biotin-conjugated CD31 (1 : 150,
Chemicon). Secondary fluorescent antibodies (1 : 500, anti-
rabbit-594 and 1 : 800, Streptavidin-594) were applied, and
then 4′,6-diamidino-2-phenylindole (DAPI, Sigma) was used
to stain nuclei as described in our previous reports [35, 36].

(a) (b)

(c) (d)

Figure 2: The surgical procedure to create the diaphragmatic defect and repair. (a) The rat diaphragm is explored through an abdominal
approach, and the surgical defect is created. (b) A standardized defect size of 1.2× 1.2 cm in the left side of the diaphragm is created.
(c) A composite engineered tissue is prepared for implantation. (d) Complete repair of the defect by a composite engineered tissue.
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Negative controls were performed concurrently with all
immunohistochemical staining. Immunofluorescent results
were visualized using fluorescent microscopy (Nikon micro-
scope, Nikon, Melville, New York). We also captured fluores-
cent images from 3 to 5 different locations/slide by using the
20x objective and FITC or DSRED channels without record-
ing DAPI. Then, images were analyzed using ImageJ software
(NIH, USA), measuring the mean grey values of the thresh-
old area. Data were collected in Excel for further analyses.
The resultant values represented the mean of 3 experimental
and 4 biological replicates.

2.9. Statistical Analysis. The statistical significance of differ-
ences between the groups of surgical treatment and control
nonsurgery diaphragms was determined by using one-
way analysis of variance (ANOVA) tests. Once finding a
significance, for example, p values <0.05%, post hoc analysis
was performed using Fisher’s least significant difference
(LSD) correction. Statistical significance was considered with
a p < 0 05.

3. Results

3.1. Isolation and Characterization of Human Amniotic
Fluid-Derived Multipotent Stromal Cells (hAFMSCs). We
obtained the human donor-derived hAFMSCs from a
healthy 33-year-old Caucasian female, at gestational age

20 weeks. In brief, the human amniotic fluid was centrifuged
at 400g for 15 minutes and the pellet was resuspended in
complete TheraPEAK xeno-free mesenchymal stem cell
growth medium (Lonza, Basel, CH) supplemented with
20% allogeneic pooled human AB serum (Valley Biomedical,
Winchester, VA), 5 ng/mL basic fibroblast growth factor
(CellGenix, Portsmouth, NH), and 50μg/mL gentamicin
(Irvine Scientific, Santa Ana, CA) and the cells were
cultured at 37°C in a 5% CO2 and 95% RH environment.
The expansion was carried out under the same conditions
changing the medium every 3–5 days. Upon reaching
80–90% confluence, cells were passaged by lifting with
TrypLE Express xeno-free reagent (Thermo Fisher Scientific,
Waltham, MA) and plating at a cell density of 900–1000
cells/cm2. Cells were cryopreserved in CryoStor CS10
medium (Biolife Solutions, Bothell, WA). Prior to transplan-
tation, passage 3 cells were thawed, washed, and incubated in
antibiotic-free medium and tested for mycoplasma, sterility
(gram stain and 14 day aerobic and anaerobic cultures),
endotoxin, and immunophenotype.

These human donor-derived hAFMSCs were subse-
quently identified based on their surface markers through
flow cytometry analysis, as in our previous reports [27, 29].
These cells were released for infusion upon meeting specific
release criteria, including the following immunophenotype:
<5% CD34+, CD45+, CD117, HLA-DR cells; >90% CD29+,
CD73+, CD44+, CD13, CD166 cells, negative mycoplasma,
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Figure 3: Flow cytometry analysis for hAFMSCs. hAFMSCs used for the current experiments that expressed surface markers as the
percentage of viable singlets gated showed 100% CD29, 79.5% CD90, 0.9% CD45, 100% CD73, 2.4% CD34, 100% CD13, 99.5%
HLA-ABC, 0.3% HLA-DR, 0.4% CD106, 99%, CD10, 92.6% CD105, 46.4% CD9, 0.1% CD117, 96.6% CD166, and 99.9% CD44.
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(a) (b)

(c) (d)

(e) (f)

(g)

Figure 4: Multiple-differentiation potentials of hAFMSCs in vitro. Osteogenic differentiation of hAFMSC induction for 5 days, stained with
Alizarin red: (a) noninduced control hAFMSCs and (b) induced hAFMSCs cultured in osteogenic medium containing BMP4. Adipogenesis of
hAFMSCs after induction: (c) noninduced control hAFMSCs and (d) induced hAFMSCs within adipogenic medium for 5 days, as shown by
positive Oil red O (arrows’ cells). (e) Chondrogenic differentiation of hAFMSCs within chondrogenesis medium with Toluidine blue staining
in vitro. Using a coculture system, the same number of both myoblasts (arrows, C2C12-prelabeled red dye-bits) and hAFMSCs (arrowheads,
pre-GFP-labeled, green) were 1 : 1 mixed (f), per placing on to one dish. The fused multinucleated myotubes could be detected at 4 days after
coculturing, in which some of the myotubes were positive for both red dye and green-GFP together (g). Results suggested that the myogenic
differentiation potential via the myotube-fusion occurred between myoblasts and hAFMSCs.
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and gram stain. The immunophenotyping results of the
lots used in this work are shown in Figure 3. Those
hAFMSCs also demonstrated tri-lineage differentiation
potential, including osteogenic, adipogenic, chondrogenic,
and myogenic differentiation (Figure 4) [27, 29, 37].

3.2. Tissue Decellularization and Cellular Infusion In Vitro.
The ECM scaffold tissues were identified histologically by
H&E or DAPI staining to verify the lack of surviving resident
cells after decellularization (Figure 5). TEM examination for
the ECM scaffolds also indicated that there were no changes
in tissue structure or architecture before (Figures 5(a) and

5(b)) and after (Figures 5(c) and 5(d)) decellularization.
We selected a suitable size of ECM scaffold to develop
the composite tissue to allow diaphragmatic defect repair
with donor hAFMSCs by using our infusion system in vitro
(Figures 6(a)–6(c)).

The ECM scaffold was spread across one of the polycar-
bonate pieces and covered with the O-ring as shown in
Figure 6(a). The second polycarbonate phalange art was
placed on top of the O-ring and scaffold. The clamping
screws were uniformly tightened to compress the scaffold
and O-ring against the polycarbonate pieces to create a
fluid-tight seal. A 5mL syringe was loaded with a volume of

Washing Decellularizated ECMRotationRat diaphragm

(a)

(b) (c)

(d) (e)

Figure 5: (a) A procedure of decellularization of rat diaphragm. (b, c) Results of TEM scan for the normal rat diaphragms. (d, e) Results of
TEM scan for the decellularizated ECM scaffolds of rat diaphragms.
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donor cells, and a T luer fitting was affixed to the end of the
syringe. An analog pressure gauge was attached to the T
fitting, with the third end inserted into the infusion device.
A syringe was attached to the device without the T fitting
and pressure gauge (Figure 6(c)). A constant hydrostatic

pressure was applied by manually pushing on the syringe
and monitoring the pressure gauge. The pressure was
maintained at constant levels for various durations. With
histological analysis, we detected that the perfusion system
could improve donor cell implantation into the scaffold,

(a) (b) (c)

×10

(d)

×20

(e)

×100

(f)

Figure 6: The process of cellular infusion in vitro. (a) A decellularized ECM scaffold is placed onto the top of an infusion chamber.
(b) Position and fix ECM scaffold. (c) Begin infusing donor cells with culture medium into a decellularized ECM scaffold. (d, e) Histological
analysis of cell distribution into scaffold by using DAPI staining. (f) Distribution test of fluorescent GFP-labeled donor cells in the ECM
scaffold after completing infusion.
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Figure 7: Modeling testing for the decellularized ECM scaffolds in vitro. Within the maximum stretch distance of 6.0mm and maximum
force of 6.0 grams applied to the ECM scaffolds, the results showed the similarity of stress/strain between the fresh rat diaphragms and the
decellularized ECM scaffolds of rat diaphragms.
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shown by DAPI staining (Figures 6(d) and 6(e)) and the
tracking of the GFP-labeled cells (Figure 6(f)).

3.3. Stress/Strain Testing for Rat Diaphragm or Decellularized
ECM Scaffolds. Figure 7 shows that the decellularized ECM of
rat diaphragms developed a tension (> 90%) similar to that
freshly isolated rat diaphragms.

3.4. Physiological Recovery after Natural Repair of the
Diaphragmatic Defect. We tested the contractile force gener-
ation of all patch repaired tissues and contralateral control
diaphragmatic tissues. Tissue contractile testing by single
pulse (maximum force) stimulation and testing of modular
strength, for example, train pulses (T-P) stimulation, were
recorded separately. Single pulse stimulation of explanted
hemidiaphragms repaired with the composite patch gener-
ated 77± 8% of the contralateral hemidiaphragm force
compared to 50± 8% with the decellularized ECM scaffolds
of rat diaphragms patch alone (p = 0 03). However, the
composite patch hemidiaphragms had closer to normal
(1.0MPa) modular tensile strength at 1.2± 0.0MPa than
hemidiaphragms repaired with the decellularized ECM scaf-
folds patch at 1.4± 0.1MPa (p = 0 05) (Table 1).

3.5. Histological Analyses of Healing Diaphragms. The
repaired diaphragm was composed of filled and regenerated
muscle tissues (center nuclei myofibers, Figure 8(a)), and a
segment of repaired diaphragm demonstrated tendon-like
tissues (trichrome staining blue colors, Figure 8(b)). These
regenerated tissues were built with supporting decellular-
ized ECM scaffolds. With immunostaining, we have dis-
covered that the new diaphragm tissues were developed
with innervation (ingrowth peripheral nerves) and vascu-
larization (Figures 9(a) and 9(b)) four months after tissue
repair. These immunohistochemical stains were analyzed by
using ImageJ software, measuring the minimum, maximum,
and the mean grey values of the threshold area (Figures 9(a)
and 9(b)). Decellularized ECM tissue with cell compositions
resulted in the higher number of densities in both vascular
(CD31, Figure 9(a)) and neuronal (Nestin, Figure 9(b)) pos-
itive cells, indicating accelerated cellular infiltration and
regeneration compared to the group of decellularized ECM
scaffolds alone.

4. Discussion

It has been suggested that the combination of biomaterial
scaffolds with stem cells can accelerate tissue regeneration
and result in tissue repair with natural structural and func-
tional properties [38, 39]. However, challenges remain in

distributing cells into 3D scaffolds during the tissue engineer-
ing processes [36, 40]. Several methods have been tested for
seeding stem cells into scaffolds, such as the use of 3D
printers, growth factors, or chemical stimulation, and cocul-
ture scaffolds with stem cells in vitro [35, 41–43]. In this
study, we used a cell infusion system that could successfully
deliver donor cells into a 3D ECM scaffold, to build a
composite tissue in vitro. Though, the decellularized ECM
scaffold alone can be used to repair the tissue defect in rat
diaphragms, the composite tissues that combined scaffold
and hAFMSC improved the healing of the diaphragmatic
defects physiologically and histologically. Similar studies of
skeletal muscle or heart tissue repair using engineered tissues
have indicated that the composite tissues with stem cells
could accelerate healing processes and improve functional
tissue recovery [21, 36, 44–46]. Additionally, the benefit of
hAFMSCs is autologous cell sourcing to minimize immune
responses. Further, there is an ample time window of
~2 months to allow expansion of the donor hAFMSCs for
use at the time of birth.

We measured the diaphragmatic function using electri-
cal stimulation ex vivo. These innovative results reflect the
recovery of muscle, tendon, neuron-muscular-junction,

⁎

⁎

⁎

(a)

(b)

Figure 8: H&E staining to identify the muscular-tendon regrowth
in the rat diaphragmatic defect. (a) Regenerated muscle tissue
within the ECM scaffold after repairing diaphragmatic defect four
months later. (b) Tendon-like tissue (arrows, blue tissue) can be
detected connecting new muscle tissue within the repaired rat
diaphragm. ∗ indicates central nuclei of regenerative muscle
fibers; arrows indicates tendon-like tissue.

Table 1

Decell±
SEM (n)

Decell + hAFMSCs±
SEM (n)

p value

Max force
(% native)

50± 8% (9) 77± 8% (7) 0.03

Modular strength
(P-T, MPa)

1.4± 0.1 (13) 1.2± 0.0 (11) 0.05
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and muscle-tendon-junction within the engineered tissues.
Moreover, the result of electrical stimulation was confirmed
by histological analysis. In physiological terms, the composite
patches demonstrated maximum contractile force and tensile
properties closer to native tissues as compared to decellular-
ized ECM scaffolds alone. Histological results also indicated
that the use of decellularized ECM scaffolds alone or compos-
ite tissues could repair the defects with different levels of
revascularization. We noted a difference in Nestin staining
between decellularized ECM scaffolds and the composite
tissues, potentially representing never ingrowth. Although
there was no mechanical failure or reherniation, there is
potential for these scaffolds to be mechanically inadequate
when scaling up to models such as pigs or humans. We are
currently investigating the use of decellularized ECM scaf-
folds seeded with hAFMSCs, combined with other matrices,
such as natural silks or biomaterials to improve the initial
tensile properties following implantation and scaling up to

porcine models. Additionally, improved seeding methods
may be required for larger patches, possibly via a sandwich
(ECM-cells-ECM) composite tissue. The strategy to use more
than one layer of decellularized ECM scaffolds of diaphragms
to potentially support the repair of large diaphragmatic
defects or emergency uses is clinically relevant.

5. Conclusion

The native decellularized ECM scaffold from rat diaphragms
can be used as a support material for repairing rat diaphrag-
matic defects. However, the composite biological patches that
combine decellularized ECM scaffolds with human amniotic
fluid-derived multipotent stromal cells (hAFMSCs) could
improve diaphragmatic biomechanical function and modu-
lar tensile strength. The repair with composite tissues is also
associated with improved innervation, vasculogenesis, and
muscular-tendon regrowth.
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Figure 9: Immunohistochemical analysis of the regrowth tissues within the rat diaphragm. (a) CD31 positive cells (red) represent the
vascularity that can be detected within the repaired rat diaphragmatic tissue. (b) Nerve regeneration can be evaluated by Nestin staining
(green) within the implanted ECM scaffolds. We also measured the expression level of CD31 (A) and Nestin (B) through quantities of their
gray fluorescence. The measurements indicated the revascularization (c) and reinnervation (d) that occurred in the repaired defect. ∗p < 0 05.
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The promising results derived from the use of adipose-derived stem cells (ADSCs) in many diseases are a subject of observation in
preclinical studies. ADSCs seem to be the ideal cell population for the use in regenerative medicine due to their easy isolation,
nonimmunogenic properties, multipotential nature, possibilities for differentiation into various cell lines, and potential for
angiogenesis. This article reviews the current data on the use of ADSCs in the treatment of vitiligo, various types of hair loss,
and the healing of chronic wounds.

1. Introduction

Brown and white adipose tissue is a source of mesenchymal
stem cells, specifically adipose-derived stem cells (ADSCs).
It is an inexpensive, unlimited reservoir of stem cells. From
300ml of adipose tissue, 2-3× 108 ADSCs can be obtained.
This is between 100 and 1000 times more than the mesenchy-
mal stem cells from the bone marrow [1–4]. In addition, they
can be easily obtained with no ethical dilemmas pertaining to
their use [5, 6]. Moreover, the high content of ADSCs in adi-
pose tissue precludes the need for long in vitro culture, which
reduces the risk of chromosomal abnormalities [7].

In 2001, researchers at the University of California, Los
Angeles described the isolation of a new population of adult
stem cells from liposuctioned adipose tissue. These cells were
given the name of processed lipoaspirate or PLA cells due to
their derivation from processed lipoaspirate tissue obtained

through cosmetic surgery. Since then, intensive studies in
the use of regenerative medicine have begun. The term PLA
cell has now been replaced with the term adipose-derived
stem cells or ASCs to give the field some sort of conformity
in terms of nomenclature. By and large, the method of ADSC
isolation from lipoaspirates using this enzymatic method has
not changed significantly [2, 8–10]. Typical isolation proce-
dures for ASCs involve digestion of the lipoaspirated tissue
with collagenase and subsequent centrifugation, then a
high-density stromal vascular fraction is produced. Subcul-
turing is then performed to detach the ADSCs from the
primary adipocytes [8, 9].

2. Physiology of ADSCs

ADSCs are heterogeneous, no specific marker for them has
been identified, and the location of stem cells in adipose
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tissue is difficult to determine. However, most of them occur
in the perivascular regions. The morphology of ADSCs
resemble fibroblasts, consisting of a large endoplasmic retic-
ulum and nuclei [9]. ADSCs do not have a specific marker
and the expression of antigens is similar to bone marrow
MSCs: CD10, CD13, CD29, CD34, CD44, CD54, CD71,
CD49b, CD90, CD105, CD117, and STRO-1. However, they
do not express the hematopoietic markers, such as CD14,
CD16, CD31, CD45, CD56, CD61, CD62E, CD104, CD106,
CD144, the endothelial cell markers CD31, CD144, and von
Willebrand factor [9, 11, 12]. Moreover, they are privileged
cells with reduced immunogenicity; therefore, there is no
expression of HLA-DR [13, 14].

ADSCs may also be a precursor of chondrocytes, osteo-
cytes, muscle cells, neurons, and fibroblasts as well as kerati-
nocytes under proper conditions. However, their most
important function is the stimulation of surrounding cells
to differentiate into specialized cells under the influence of
certain growth factors [15–17]. It has been shown that the
ADSCs are even necessary for the activation of epidermal
stem cells in the skin [18]. Their exogenous administration
mobilizes other stem cells, including the stem cells of the
epidermis from the “bulge” region of the hair follicle. This
action is based on the production of growth factors, including
epidermal growth factor (EGF), fibroblast growth factor
(FGF-β), hepatocyte growth factor (HGF), transforming
growth factor (TGF-β), vascular endothelial growth factor
(VEGF), keratinocyte growth factor (KGF), granulocyte-
macrophage colony-stimulating factor (GM-CSF), stromal
factor 1-alpha, and cytokines, such as IL-6, 8, 11, 12, and
TGF-α. This paracrine secretion of cytokines explains their
high concentrations in obese patients [11, 15, 17]. ADSCs
also inhibit the production of proinflammatory cytokines,
enhance the production of anti-inflammatory IL-10, and
stimulate the regulatory T cells [11, 19]. They also stimulate
angiogenesis by differentiation in endothelial cells. ADSCs
can protect against apoptosis, which offers great opportuni-
ties for their use in regenerative medicine [3, 4, 11, 20].
Expression of the receptor for PDGF and CD10 is constant,
regardless of the number of passages [15, 21]. Traktuev
et al. showed that cells with the CD34+/CD31 phenotype
have the ability to stabilize the endothelial network in vitro
and stabilize neovascularization in vivo [15, 22]. In addition,
perivascular ADSCs (CD146+) also function as a niche for
hematopoietic stem cells in vitro [22].

Of particular interest is platelet-derived growth factor-D
(PDGF-D), which is secreted by the ADSCs. It is a mitogen
for mesenchymal cells, which induces the transformation of
cells and also accelerates tumor growth, but its role is not
quite understood. Kim et al. showed that PDGF-D and PDGF
receptor β are expressed in ADSCs, but PDGF-B is not.
PDGF-D can increase the proliferation and migration of
ADSCs for the generation of mitochondrial reactive oxygen
species (MTRose) and by controlling mRNA expression of
various growth factors (VEGF, FGF-1, FGF5, EGF, leukemia
inhibitory factor, inhibin, and IL-11) [15, 23].

Cultured ADSCs from this niche have ultrastructural fea-
tures similar to primitive MSCs (large nucleus, immature
cytoplasmic organelles). Although Rubio et al. reported that

human ADSCs can undergo malignant transformation
during long passages of more than four months, five years
later, the authors were not able to reproduce the phenom-
enon of transformation, most likely due to contamination
artifacts [24].

ADSCs have an antioxidant effect. They can capture free
radicals and heat shock protein in ischemia status. Research
has revealed that during the aging processes and in diabetes,
the function of ADSCs is impaired [2, 25].

Vitamins can affect the proliferation of ADSCs. The
addition of folic acid and vitamin B12 slightly increases
their activity in cell culture, while vitamin C significantly
stimulates ADSCs in a dose-dependent manner. Vitamin
C increases the expression of the mRNA of HGF, VEGF,
bFGF, and KGF [15].

There are some differences in the physiological and bio-
logical features of ADSCs derived from different anatomical
sites. Siciliano et al. compared the characteristics of stem cells
from mediastinal fat and skin. Subcutaneous ADSCs demon-
strated greater proliferation and differentiation capacity, an
increased IL-6 secretion, and a smaller VEGF-C than ADSCs
isolated from the mediastinum. ADSCs from the mediasti-
num showed a higher proangiogenic potential [26]. On the
other hand, ADSCs from the visceral fat have a reduced
susceptibility to apoptosis, and ADSCs from the pericardium,
omentum, and groin have a different phenotype [27].

Obesity has an influence on the differentiation potential
and immunogenicity of ADSCs. The study by Perez et al.
demonstrated that stem cells derived from murine and
human nonobese sources had increased sensitivity to insulin
and can inhibit lipolysis during differentiation into mature
adipocytes. In contrast, cells isolated from obese patients
showed an impaired uptake of glucose, insulin resistance,
and less antilipolytic effect of insulin. Moreover, they released
a greater amount of proinflammatory cytokines (mainly
TNF-α) and showed disturbances in the production of
adiponectin [28].

Interestingly, the preferred factor for proliferation,
migration, and differentiation of the ADSCs is hypoxia (an
oxygen concentration of 1–5%). Hypoxia induces the expres-
sion of HIF-1α (hypoxia-inducible factor 1-α) and increases
the production of growth factors, particularly VEGF, bFGF,
and HGF which are involved in neovascularization [15, 16].
This phenomenon is observed in obesity. Local hypoxia in
the adipose tissue induces the formation of free radicals
(ROS) and leads to the secretion of growth factors which
stimulate the formation of new blood vessels [15].

Pachon-Pena et al. have also found that obese-derived
hADSCs demonstrate increased proliferation and migration
capacity, but decreased lipid droplet accumulation, which is
correlated with a higher expression of human leukocyte anti-
gen- (HLA-) II, a cluster of CD106 differentiation, and a
lower expression of CD29. Of interest, adipogenic differenti-
ation modified CD106, CD49b, and HLA-ABC surface
protein expression, which was dependent on the donor’s
BMI. Moreover, low oxygen tension increased proliferation
and migration of lean but not obese hASCs, which was corre-
lated with an altered CD36 and CD49b immunophenotypic
profile [29]. Moreover, in obesity, ADSCs indicate changes
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in their transcriptomic profile (set of mRNA molecules pres-
ent in a particular point of a cell) with a loss of plasticity,
simultaneously showing an increasing similarity to the
adipocyte phenotype [15, 30].

Currently, ADSCs are used in aesthetic dermatology for
skin rejuvenation, to correct wrinkles, to correct facial lipoa-
trophy, and even to improve erections. They are described in
the treatment of perianal fistulas in Crohn’s disease, bone
grafts, and type 1 diabetes [20, 31]. However, the therapeutic
use of ADSCs is still experimental.

3. Vitiligo

Vitiligo is a disorder caused by the loss of melanocytes.
Repigmentation of vitiligo depends on available melanocytes
from three possible sources: from the hair follicle unit which
is the main provider of pigment cells, from the border of
vitiligo lesions, and from unaffected melanocytes within
depigmented areas [32]. Melanocytes rarely undergo mito-
sis without growth factors; therefore, mitogenic factors are
used in transplantation treatments for this disease [33, 34].
Repigmentation occurs due to the migration of melanocyte
stem cells (MelSCs) located in the lower part of the hair
follicle (infundibulum). Therefore, this process starts
perifolliculary [33–36].

ADSCs can be a source of growth factors for melanocytes
cultured in the presence of keratinocytes. Lim et al. showed
efficacy inmice and Sprague-Dawley rats after administration
of humanmelanocytes alone or enrichedwith humanADSCs.
Better results have been shown with a coadministration of
melanocytes and ADSCs, which were grown separately and
then mixed in a ratio of 1 : 1, 1 : 2, or 1 : 3, as compared to the
administration of pure melanocytes alone [33].

Although the interaction between ADSCs and melano-
cytes are well known, in the study of Kim et al., an increase
in the secretion of HGF by ADSCs after prior exposure to
bFGF or EGF was demonstrated [37]. They showed that the
proliferation and migration of melanocytes were significantly
stimulated by coculturing the ADSCs in comparison with
monoculture melanocytes. This may be related to the
presence of bFGF and melanocyte growth factor (MGF)
produced by ADSCs [37]. The ratio of melanocytes with
positive expression of TRP-2, E-cadherin, and N-cadherin
were significantly increased in the cocultures with ADSCs
compared to keratinocyte and melanocyte monocultures.
Melanocytes with a positive expression of TRP-2 (tautomer-
ase dopachrome) are considered to be melanocyte precur-
sors, but TRP-1 positive is considered to be diverse and
mature [37, 38]. This is an important result, because the
greater the number of immature melanocytes, the better
clinical outcomes. In addition, cadherin-calcium-dependent
cell adhesion receptors take part in cell-cell interactions. E-
cadherin determines the adhesion between keratinocytes
and melanocytes, and N-cadherin facilitates the contact
between fibroblasts and melanocytes. They also play a role
in the differentiation of melanocytes [37, 39]. These studies
have confirmed that cultures with ADSCs increase the prolif-
eration and migration of melanocytes, while reducing their
differentiation [37].

4. Alopecia

Multipotent stem cells can regenerate hair follicles and
sebaceous glands in the skin. The stem cells can be used to
regenerate hair growth in a number of therapeutic methods:

(i) the reversal of pathological mechanisms that
contributes to hair loss (androgenetic alopecia);

(ii) complete regeneration of hair follicles with “bulge”;

(iii) neogenesis of hair follicles with a stem cell
culture [40, 41].

The newest therapeutic option is the use of ADSCs.
Fukuoka and Suga used them in 22 patients (11 men and
11 women) with alopecia. The cells were administered intra-
dermally every 3 to 5 weeks (6 sessions), controlling the
growth of hair using a trichogram. They observed significant
improvement in both female and male patients [42].

Hair follicles are surrounded by subcutaneous fat cells
and skin, which make up the interfollicular dermal macroen-
vironment, important in maintaining normal cell growth in
the region bulges and hair follicles [18, 43]. Moreover,
ADSCs are necessary for the activation of epidermal stem
cells [18]. Their action is based primarily on the secretion
of growth factors, such as VEGF which regulates hair growth
and the size of the hair follicle by stimulating angiogenesis,
HGF which is engaged in the length of the phases of the hair
cycle, PDGF which induces and maintains the anagen phase,
and IGF-1 which controls the cycle of hair growth and hair
cell differentiation [42, 44–47]. ADSCs stimulate angiogene-
sis and enhance blood supply to the hair papilla cells. They
also have immunomodulatory and immunosuppressive
effects through direct interactions between the cells and
secrete prostaglandin E2 (PGE2), leukemia inhibitory factor
(LIF), and kynurenine [18]. Huang et al. studied the effect
of ADSCs on papilla cells of the hair. During the cell culture,
the hair retained its own markers. After adding ADSCs (iso-
lated from rats), characteristics common to coculture were
observed. There were mixed papilla and medulla cells with
ADSCs. The core and the inner shell of the outer coat also
contained ADSCs. The best results were achieved in the
second cocultures [44].

It was also shown that subcutaneous adipose tissue
played an important role in the extension of the anagen
phase. There was a proliferation of progenitor cells, which
were adipocytes in the transition from the telogen phase to
the anagen phase of the hair follicle [43, 44]. The layer thick-
ness of subcutaneous adipocytes during active hair growth
(anagen) increased significantly compared to their amount
in the resting phase (telogen) [18, 43]. ADSCs stimulated hair
follicle cells via peroxisome proliferator-activated receptor,
which has been detected in three isoforms (PPARα, PPARγ,
and PPARδ) [44]. In contrast, mature adipocytes have a neg-
ative effect on the proliferation of hair follicles, as well as the
proliferation of fibroblasts surrounding the follicle in the
cocultures [18, 48].

Interestingly, changing the properties of the adipocyte cell
lines may cause skin and hair disorders. Lipid metabolism
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may lead to defects in the structure of the skin and its func-
tions. Overexpression of human apolipoprotein C1 (APOC1)
with hyperlipidemia in transgenic mice results in abnormal
hair growth correlated with the expression of the human
APOC1 gene in the skin [18, 49].

Musina et al. assessed the influence of hypoxia as a
stimulating factor for ADSCs to secrete growth factors. Sub-
cutaneous injection induces the anagen phase in mice, as well
as increases the proliferation of human follicular cells, kerati-
nocytes, and hair papillae. Under the influence of hypoxia,
there is an increased secretion of insulin-like growth factor
binding protein- (IGFBP-) 1 and 2, M-CSF, M-CSF receptor,
PDGF-β, VEGF, and decreased EGF secretion [12].

Unfortunately, the studies proved that the two-
dimensional (2D) culture of the papilla cells lose their ability
to form the hair (trichogenicity) and require a spheroidal
form (3D) in culture [50, 51], Table 1.

5. Chronic Wounds

Damage to the skin leads to debilitating effects forming
wounds. A wound is defined as a disruption of the normal
anatomic structure and functional integrity of the skin.
Chronic or nonhealing wounds are wounds that do not prog-
ress through the normal wound healing process, resulting in
an open laceration of varying degrees of severity [9, 52].
Impaired healing is often associated with ischemia, diabetes
mellitus, tumor, venous and pressure ulcers, and severe infec-
tions, and it can be the cause of reduced quality of life, dis-
ability, and even death [9, 53]. Therefore, wound healing
remains a major challenge, and there is a need to develop
treatments for improved therapy. Among the various strate-
gies, the most promising seems to be the use of stem cells.
This process remains a challenge to date and causes debilitat-
ing effects with tremendous suffering. Recent advances in
tissue engineering approaches in the area of cell therapy have
provided promising treatment options to meet the challenges
of impaired skin wound healing [9].

Wound healing is a complex process, covering four
mutually overlapping phases: hemostasis, inflammation, pro-
liferation, and remodeling [5, 54, 55]. For the proper process
to proceed, all steps must occur in the correct order and time
[9]. In many chronic wounds, the elongation inflammatory
phase leads to the damage of normal tissues, the production
of an excessive amount of proinflammatory cytokines, and
the prolonged presence of neutrophils, which causes the deg-
radation of the extracellular matrix (ECM) due to an increase
in the secretion of matrix metalloproteinases (MMPs) [9, 56].

Restoring the integrity of the skin involves several cell
types, extracellular matrix components, and cytokines [57].
It is believed that what is physiologically responsible for the
renewal of epidermal stem cells is located only in the basal
layer of the epidermis. However, after damage to the skin,
stem cells “bulge” in the region of the hair follicle and take
additional responsibility for skin regeneration, particularly
in the initial stage [4, 58].

Cell cultures enriched with stem and progenitor cells can
be administered to patients via various methods: a direct
application on the wound (e.g., as a suspension), injectable

(arteriography), intravenous administration, or application
of the culture on the appropriate biological scaffold. The
most populous cells are the autologous progenitor cells
of the epidermis. Current research is focused on bone
marrow and adipose-derived stem cells being used in
wound healing [4, 58].

ADSCs are involved in the process of healing indirectly
by secreting a number of growth factors (IGF, TGF-β1,
VEGF, HGF, and FGF2) with a paracrine action that acti-
vates keratinocytes and fibroblasts of the skin by stimulating
the processes of neovascularization through the generation of
anti-inflammatory cytokines, as well as having antioxidant
and antiapoptotic effects [14, 36, 59, 60]. ADSCs release
wound healing factors and can stimulate recruitment, migra-
tion, and proliferation of endogenous cells in the wound
environment. The studies suggest that ASCs can affect other
cell types specifically in skin tissue via the paracrine method
[9]. They may also be directly transformed into fibroblasts
and keratinocytes.

Human ADSCs can be converted to epithelial cells
expressing the characteristics of cytokeratins 5, 14, 19, and
α6; integrins; and even desmoglein 3 [60, 61]. They can also
differentiate into fibroblast cells, demonstrating not only their
morphological similarity but also their ability to also express
cell surface proteins including vimentin and fibronectin
[60]. An important feature of the ADSCs is that they produce
an antioxidant that protects fibroblasts from oxidative stress
[36]. One of the factors that induce ADSCs to increase secre-
tion of growth factors and antiapoptotic factors is hypoxia at
the wound site. It has been shown that culturing the ADSCs
under hypoxic conditions improves their ability to bind to
the adhesion molecules (ICAM-1, VCAM-1), which leads to
faster neovascularization, increased production of bFGF,
and increased ADSC proliferation [9, 16, 36, 62]. A recent
study provides evidence that stromal cell-derived factor-1
(SDF-1) can increase the therapeutic effect of ADSCs in cuta-
neous chronic wounds. It may protect against cell apoptosis
in hypoxic and serum-free conditions through activation of
the caspase signaling pathway in ADSCs [63].

The first attempts at healing chronic wounds were per-
formed using ADSCs from lipoaspirate, even without cultur-
ing in vitro [9]. This technique is commonly used in aesthetic
medicine, avoiding the manipulation that might influence
their biological functioning. The simplest method is the
application of a component of the adipose tissue-derived
multicellular stromal vascular fraction (SVF), after enzymatic
digestion and centrifugation of lipoaspirate [64, 65]. SVF is a
heterogeneous population of MNCs that include ADSCs of
the mesenchymal phenotypes (analogous to MSCs), endo-
thelial progenitor cells (EPCs), hemopoietic progenitors,
monocytes, leukocytes, and pericytes. Pericytes are the most
important for angiogenesis, and they stabilize nascent blood
vessels [65–67].

The administration of wound single-cell suspensions
often leads to the formation of aggregates and islet necrosis
which can occur after cell injection. Monolayer-cultured cells
are poorly retained in local transplantations, nullifying the
therapeutic intent or resulting in unexpected stem cell behav-
iors [68, 69]. Then, the low cell engraftment efficiency by
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injection approach has significantly limited the clinical
translation of stem cell therapies [70]. Some techniques use
matrices like atelocollagen or the scaffolding of silk fibroin-
chitosan suspension ADSCs [71, 72]. Sivan et al. used fibrin
and fibronectin to construct an in vitro niche and the mim-
icking of an in vivo provisional matrix, which plays a dual
role in the support of hemostasis, accelerates cell attachment
and growth, and is responsible for the increased survival of
differentiated cells [73].

Nowadays, researchers are focused on the three-
dimensional (3D) culture systems of ADSCs to build multi-
cellular constructs with an extracellular matrix (ECM) and
to demonstrate better therapeutic efficacy [68, 69]. The study
by Cerqueira et al. used human ADSCs with an extracellular
matrix (ECM) as a natural tissue glue that was applied to
three layers to form a 3D structure (these are known as “tech-
nique sheets”). Then, they were transferred to wounds in
mice, obtained by the complete excision of the skin. Restora-
tion of the skin was observed with the formation of new hair
follicles and vessels. This resulted in a greater stability of
transplanted ADSCs, through cell-cell and cell-ECM interac-
tions. The sheet technique greatly improves the efficiency of
transplanted ADSCs [14]. Feng et al. describe a simple
method for the 3D culture of adipose-derived stem/stromal
cells (ADSCs) which prepares them into a ready-to-use
injectable. They transferred suspensions of monolayer-
cultured ASCs to a syringe containing hyaluronic acid gel
(a naturally derived ECM component) and then incubated
the syringe as a 3D culture vessel (microspheroids of human
ADSCs). They confirmed high therapeutic efficacy in patho-
logical wound repair in vivo [68]. However, central necrosis
was reported when spheroids of mesenchymal stem cells
reached a diameter of 200μm in a suspension-rocking
culture system [63, 68]. There are high hopes for a new tech-
nology that uses a semi-interpenetrated polymer network
(semi-IPN) structure. It was developed by combining this
polymer with hyaluronic acid (HA), leading to an in situ
cross-linkable hydrogel with significantly increased porosity,
enhanced swelling behavior, and improved cell adhesion and
viability in both 2D and 3D cell culture models [74].

The next step in the current research is looking for addi-
tional materials that may resemble a physiological niche for
stem cells to enhance cell retention. Conditioned media for
ADSCs have been reported to enhance angiogenesis, enhance
epithelialization, and affect recruitment or proliferation of
macrophages and endothelial progenitor cells during the
healing process [75]. Dong et al. have developed a method
of using an injectable poly(ethylene glycol) (PEG)-gelatin
hydrogel with highly tunable properties. Murine ADSCs
can be easily encapsulated into the hydrogel, which supports
ADSC growth and maintains their stemness. This method
significantly improves cell retention, enhances angiogenesis,
and accelerates wound closure using a murine wound healing
model. Then, the injectable PEG-gelatin hydrogel can be
used for regulating stem cell behaviors in 3D culture or to
deliver cells for wound healing and other tissue regeneration
applications [70]. It was found that long-term cell viability
could be achieved for both in vitro (21 days) and in vivo
(14 days) studies. With ADSCs, this hydrogel system

showed potential as a bioactive hydrogel dressing for
wound healing [75].

On the basis of many studies, the best wound healing is
achieved by using ADSCs with platelet-rich plasma (PRP).
Their presence has caused more rapid proliferation of fibro-
blasts and keratinocytes in vitro [57, 76–78]. PRP is a source
of growth factors, necessary for healing, such as PDGF, TGF,
IGF, and EGF. They are concentrated in the platelets. In
addition, PRP can act as a scaffold for other types of cells such
as mesenchymal stem cells [57, 76, 79]. On the other hand,
higher concentrations of PRP in vitro culture can slow down
the rate of regeneration due to proteolytic enzymes (PRP-col-
lagenase, elastase, and cathepsin) which inhibit cell growth.
The best results have been achieved after using a maximum
10% PRP [57, 78].

Healing of chronic cutaneous wounds and ulcers is
troublesome and may require the use of skin substitutes.
Adipose-derived stem cells have immense potential as an
autologous cell source for treating wounds and regenerat-
ing skin, Table 2.

6. Conclusions

ADSCs appear as the ideal cell population for the use in
regenerative medicine:

(i) they are unlimited in supply and easily obtainable
from adipose tissue;

(ii) they are autologous, nonimmunogenic cells;

(iii) they have a multipotential nature and easily differen-
tiable into various cell lines;

(iv) they have a significant potential of angiogenesis;

(v) they can be easily cultured and have high affinity for
3D scaffolds [2, 56, 60].
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Osteoarthritis is an inflammatory disease in which all joint-related elements, articular cartilage in particular, are affected. The poor
regeneration capacity of this tissue together with the lack of pharmacological treatment has led to the development of regenerative
medicine methodologies including microfracture and autologous chondrocyte implantation (ACI). The effectiveness of ACI has
been shown in vitro and in vivo, but the use of other cell types, including bone marrow and adipose-derived mesenchymal stem
cells, is necessary because of the poor proliferation rate of isolated articular chondrocytes. In this investigation, we assessed the
chondrogenic ability of human dental pulp stem cells (hDPSCs) to regenerate cartilage in vitro and in vivo. hDPSCs and
primary isolated rabbit chondrocytes were cultured in chondrogenic culture medium and found to express collagen II and
aggrecan. Both cell types were cultured in 3% alginate hydrogels and implanted in a rabbit model of cartilage damage. Three
months after surgery, significant cartilage regeneration was observed, particularly in the animals implanted with hDPSCs.
Although the results presented here are preliminary, they suggest that hDPSCs may be useful for regeneration of articular cartilage.

1. Introduction

Osteoarthritis (OA) is a complex systemic disease in which
the whole joint, including the synovium, articular cartilage,
subchondral bone, tendons, and muscles, is affected [1]. OA
can be idiopathic or initiated by aging, trauma, malforma-
tions, or inflammatory disease [2, 3]. As it affects up to 10%
of males and 18% of females greater than 48 yr of age, OA
is becoming a serious health problem, and currently estab-
lished therapies for OA insufficiently address the clinical
need [1].

The loss of articular cartilage distinctive of OA is charac-
terized by proteolytic degradation of the chondral matrix,
which induces the release of cytokines including interleukin
6 (IL-6), IL-1β, and tumor necrosis factor alpha (TNF-α),
leading to secretion of matrix-degrading enzymes from
chondrocytes, further propagating tissue breakdown [4, 5].
The limited regeneration capacity of articular cartilage gener-
ally leads to formation of fibrocartilage-like scar tissue, which
replaces the native hyaline cartilage matrix [6].

Current pharmacological agents for the treatment of OA
involve anti-inflammatory drugs including cyclooxygenase
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2-selective or nonselective nonsteroidal anti-inflammatory
drugs as well as TNF-α-binding antibodies or IL-1 inhibitors
[7–9]. However, the potential for these compounds to
improve the structural damage is limited, and the develop-
ment of novel immune modulation strategies will be neces-
sary to alter the progression of OA [6].

Nonpharmacological regenerative techniques have been
developed for regeneration of articular cartilage according
to the 3R paradigm: reconstruction, repair, and replacement
[10]. Microfracture as well as autogenic (mosaicplasty)
and allogenic tissue transplantation has shown positive
results in short term but poor outcomes in long term,
resulting in poor hyaline cartilage regeneration that is
replaced by fibrocartilage [11, 12]. Autologous chondrocyte
implantation has shown better results in terms of regener-
ation not only in experimental studies but also in clinical
trials in which this methodology has been compared with
microfracture [13].

The principal limitations associated with the use of autol-
ogous cartilage include the poor proliferation of autologous
chondrocytes as well as the source limitation and morbidity
of the extraction process. It has been previously shown
that a higher cellular content induces better tissue repair
[14, 15]. Native articular cartilage has a cell density of
1.4× 107/cm, corresponding to 5–10% of the cartilage vol-
ume, but this cell density is difficult to replicate in vitro
[16]. For this reason, other sources for cartilage repair have
been evaluated, including bone marrow mesenchymal stem
cells (MSCs) or adipose stem cells [17, 18], which have been
considered top candidates for cartilage regeneration because
of their ability to generate functional cartilage tissue [11].

Human dental pulp stem cells (hDPSCs) are self-
renewing MSCs residing within the perivascular niche of
the dental pulp [19–21] thought to originate from the cranial
neural crest and express both MSC and neural stem cell
markers [22]. hDPSCs are easily obtained from extracted
third molars, and under specific conditions, they can differ-
entiate in vitro into a variety of cell types including neurons,
odontoblasts, osteoblasts, adipocytes, and chondrocytes
[23, 24]. Nevertheless, their ability to regenerate articular
cartilage in vivo is poorly understood.

The culture environment dramatically influences chon-
drogenesis. It has been shown that the three-dimensional
environment provided by hydrogels improves cartilage for-
mation [11]. Several hydrogel sources, including proteins
such as collagen, elastin, fibrin, and silk fibroin; polysaccha-
rides such as chitosan, chondroitin sulfate, and hyaluronic
acid; and seaweed polysaccharides such as alginate, agarose,
carrageenan, and ulvan, have been used for cartilage repair
[11]. Algal polysaccharides such as alginate have been con-
sidered for cartilage regeneration because of their sulfate
groups, chemical affinity for mammalian glycosaminogly-
cans, and lack of interaction with cell integrins that help
retain the rounded shape of cultured cells, enhancing chon-
drogenesis [25, 26].

The objective of this study was to assess the effectiveness
of hDPSCs in the regeneration of articular cartilage in vivo.
hDPSCs and rabbit articular chondrocytes were isolated,
characterized, and cultured in a 3% alginate scaffold, and

the scaffolds were implanted in an experimental rabbit model
of a full-depth chondral joint defect. The results presented
here demonstrate the chondrogenic capacity of hDPSCs
and suggest their use in cartilage regeneration.

2. Materials and Methods

2.1. Cell Culture and Experimental Design. Rabbit primary
articular chondrocytes and hDPSCs were used in this study.
Chondrocytes were isolated as described previously [27].
Briefly, articular cartilage was obtained from the knee
joints of donor rabbits following sacrifice by a lethal intra-
venous injection of anesthetic into the auricular vein
(500mg/iv sodium thiopental; thiobarbital, B. Braun Medi-
cal, Barcelona, Spain). The cartilage was dissected from the
subchondral bone, finely diced, and washed with Dulbecco’s
modified Eagle’s medium (DMEM; Thermo Fisher Scientific,
Fife, WA, USA) supplemented with 100U penicillin, 100μg
streptomycin (Biological Industries, Kibbutz Beit HaEmek,
Israel), and 0.4% fungizone (Gibco/Thermo Fisher Scien-
tific). The diced cartilage was digested with different enzymes
in the supplemented DMEM. The cartilage was first incu-
bated with 0.5mg/mL hyaluronidase (Sigma-Aldrich, St.
Louis, MO, USA) in a shaking water bath at 37°C for
30min. The hyaluronidase was removed, and 1mg/mL pro-
nase (VWR International, Barcelona, Spain) was added.
After incubation in a shaking water bath at 37°C for 60min,
the cartilage pieces were washed with supplemented DMEM.
The medium was removed, 0.5mg/mL collagenase-IA
(Sigma-Aldrich) was added, and digestion was continued
overnight in a shaking water bath at 37°C. The resulting cell
suspension was filtered through a 70μm-pore nylon filter
(BD Biosciences, San Jose, CA, USA) to remove tissue debris.
Cells were centrifuged and washed with DMEM supple-
mented with 10% fetal bovine serum (FBS; Thermo Fisher
Scientific). Finally, isolated cells were used immediately
for chondrocyte culture by placing them in T75 culture
flasks (Becton-Dickinson, East Rutherford, NJ, USA) at a
high density in DMEM supplemented with 10% FBS and
50μg/mL ascorbic acid (Sigma-Aldrich) at 37°C in a 5%
CO2-humidified atmosphere.

hDPSCs were isolated as described previously [28].
Donors provided informed consent. The study was con-
ducted in accordance with the Declaration of Helsinki
and applicable local regulatory requirements and laws. All
procedures were approved by the Ethics Committee of the
University Clinical Hospital of Valencia (Spain). The dental
pulp of human third molars was gently removed under
sterile conditions using cow horn forceps with a small exca-
vator and immersed in culture tubes filled with medium.
The specimens were then divided into small pieces using
a bistoury knife, immersed in Hanks solution (Gibco),
and incubated for 2 h at 37°C in 5% CO2. The supernatant
medium was removed, and 0.1% type IV collagenase
(Sigma-Aldrich) was added for 15min, followed by centri-
fugation at 1500 rpm for 10min. The supernatant was
removed, and the cells were plated in 25 cm3

flasks in DMEM
(Nunc, Sigma-Aldrich, Madrid, Spain) containing penicillin/
streptomycin, 10% FBS (Sigma-Aldrich, Madrid, Spain),
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amphotericin B, and 0.1% L-glutamine. The medium was
replaced every 4 d. Once the cells reached confluence, flow
cytometry was performed.

Rabbit chondrocytes and hDPSCs were cultured in chon-
dral differentiation medium, which was composed of DMEM
with 1% insulin-transferrin-sodium selenite medium supple-
ment (BD Biosciences, Madrid, Spain) and 50μg/mL ascor-
bic acid for up to 6wk. Chondrocyte differentiation was
evaluated by immunofluorescence using specific antibodies
against collagens I (COLI) and II (COLII) and aggrecan
(ACAN). Changes in cell morphology were evaluated by
fluorescence using rhodamine-conjugated phalloidin.

For in vivo experiments, 3% alginate hydrogels contain-
ing nondifferentiated primary chondrocytes or hDPSCs were
constructed and implanted in rabbit knees. The following
experimental groups were evaluated: control (alginate only),
alginate containing chondrocytes, and alginate-containing
hDPSCs. Three months after surgery, the animals were
sacrificed, and a histopathological study of the knees was
performed using the contralateral knee of each animal as
a control. Three different animals were used in each exper-
imental group.

2.2. Flow Cytometric Characterization of hDPSCs. hDPSCs
were characterized using a FACSCalibur equipped with a
488nm Argon laser and a 635 nm red diode laser (Becton
Dickinson, Madrid, Spain) as described previously [29].
Experimental data were analyzed using CellQuest software
(Becton Dickinson, Madrid, Spain). To exclude debris,
samples were gated based on light-scattering properties in
the side-scattered and forward-scattered light modes, and
10,000 events per sample within this gate (R1) were collected,
using the medium setting for the sample flow rate. The
following markers were evaluated: CD29 (Alexa Fluor® 488),
CD31 (PE/Cy7), CD44 (PE/Cy5), CD45 (Pacific Blue™),
CD105 (APC), and CD146 (PE).

2.3. Immunofluorescence Staining of Collagen I, Collagen II,
and Aggrecan. Expression of COLI, COLII, and ACAN was
determined in cell culture using specific antibodies (Sigma-
Aldrich, Madrid, Spain). The cells were cultured on poly-L-
lysine-coated cover slides in chondrogenic culture medium
for up to 6wk as described above. Then, they were fixed with
4% paraformaldehyde in phosphate-buffered saline (PBS)
pH7.4 for 10min. Once washed, the cells were permeabilized
with 0.1% Triton X-100 in PBS for 5min, and after three
washes, they were incubated for 30min with blocking solu-
tion (1% bovine serum albumin (BSA) and 1.1% Tween-20
in PBS). The cells were then incubated with the appropriate
primary antibody (diluted in antibody diluent at 1 : 100 for
COLI and ACAN and 1 : 500 for COLII) overnight at 4°C.
After three washes, cells were incubated with 1 : 200 second-
ary anti-mouse (COLI and ACAN) or anti-rabbit (COLII)
FITC-conjugated antibody (Sigma-Aldrich, Madrid, Spain).
After the final washes, the nuclei were stained with 4′,6-
diamidino-2-phenylindole (DAPI), and the samples were
analyzed using the Leica DM2500 fluorescence microscope
(Leica, Wetzlar, Germany).

2.4. Fluorescence Staining of F-Actin. F-Actin was evaluated
using rhodamine-conjugated phalloidin (Molecular Probes,
Thermo Fisher Scientific). Cells were cultured on cover
slides, grown to subconfluence, washed with PBS pH7.4,
and fixed in 3.7% formaldehyde solution in PBS for 10min
at room temperature. The cells were permeabilized with
0.1% Triton X-100 in PBS for 3–5min. To reduce nonspecific
background staining, samples were preincubated with PBS
containing 1% BSA for 20–30min. Next, each sample was
stained for 20min with 5μL phalloidin methanol stock
solution diluted in 200μL PBS. Finally, after washing the
samples, the nuclei were stained with DAPI and analyzed
using the Leica DM2500 fluorescence microscope.

2.5. Preparation of Alginate Hydrogels. To prepare alginate
scaffolds, a 3% alginate solution was prepared in sterile PBS
(Sigma-Aldrich, Madrid, Spain). The alginate solution was
filtered through a sterile 0.2μM syringe filter and stored at
4°C until use. To polymerize the alginate, 50μL 0.5M CaCl2
prepared in water was added to the bottom of a 24-well
culture plate. The alginate solution was warmed at 37°C,
and 500μL was added to the CaCl2 solution. The plate
was incubated for 30min at room temperature and then
for another 30min at 4°C. The polymerized scaffold was then
covered with 500μL culture medium and incubated at 37°C
in 5% CO2. In the experimental groups containing cells, a
suspension of 2× 106 cells/mL in prewarmed alginate
solution was prepared, and polymerization was performed
as described above.

2.6. Scaffold Implantation of Animals. Two-month-old male
New Zealand rabbits, weighing 1.5–2.0 kg, were obtained
from Granjas San Bernardo S.L. (Tulebra, Spain), quaran-
tined for 7 d, and maintained under conventional housing
conditions, with appropriate bedding and free access to water
and food. Rabbits were kept in standard single cages under
controlled temperature and light conditions.

Spanish guidelines for the care and use of laboratory
animals were observed. The study protocol was approved
by the Ethics Committee of the University of Valencia
according to law 86/609/EEC and 214/1997 and decree
164/1998 of the Generalitat Valenciana Government.

Rabbits were preanesthetized by subcutaneous injection
of 15mg/kg ketamine (ketolar; Pfizer, Madrid, Spain) and
intramuscular injection of 0.1mg/kg medetomidine (Domi-
tor; Pfizer) and prepared for surgery (washed, shaved, etc.).
General anesthesia was induced with 4% isoflurane using a
specially designed mask and maintained by administration
of 1.5% isoflurane with O2 (2 L/min). The surgical site was
sterilized with iodine solution, and nonsterile areas were
covered with sterile drapes. Surgeons wore sterile coats and
gloves, and all instruments were sterilized beforehand and
kept sterile during surgery. An arthrotomy at the knee joint
was performed through a medial longitudinal parapatellar
incision. The medial capsule was incised and the patella later-
ally dislocated. A 3mm steel trephine was used to create a
defect of 3mm in diameter and 1mm deep in the central
articular surface of the femoral trochlear groove, which
resulted in subchondral bone injury and removal of articular
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cartilage (Figure 1(a)). The defect was cleaned and rinsed
with sterile saline, and scaffolds were laid in the defect and
aligned with the surrounding articular surface. Control ani-
mals were subjected to the same operation, but no scaffold
was implanted in the cartilage defect. The arthrotomy and
skin were sutured with continuous stitches of 4/0 Coated
Vicryl (Johnson and Johnson, New Brunswick, NJ, USA).
Macroscopic pictures were taken throughout the surgical
procedure using a Leica DC150 camera. After removal of
the conformed anesthesia mask, rabbits were returned to
their cages and allowed free activity. Postoperative analgesia
consisted of intramuscular injection of 3mg/kg dexketo-
profen (Enantyum; Menarini, Florence, Italy) on the day of
surgery, followed by the same dose every 24 h for 3 d. Three
months after surgery, intramuscular injection of 3mg/kg
gentamicin (Genta-Gobens; Laboratorios Normon, Madrid,
Spain) was administered as antibiotic prophylaxis. This time
point was chosen based on previous studies using the same
animal model [27].

2.7. Histological Studies. Morphology was evaluated follow-
ing standard histological procedures. Briefly, rabbit articu-
lation specimens were rinsed with PBS and fixed with
4% formaldehyde at room temperature for 5 d. Samples
were rinsed with PBS and immersed in OSTEOSOFT dec-
alcifier solution (Merck, Whitehouse Station, NJ, USA) for
5wk at room temperature. Specimens were cut through
the middle of the scaffold, the diameter of which measured
approximately 3mm, and each half was embedded in par-
affin separately, generating 5μm thick sections, which were
stained with hematoxylin and eosin. Stained sections were
analyzed under an optical microscope (DM 4000B; Leica)
and photographed using the Leica DFC 420 camera.
Collagen fiber orientation was analyzed under polarized
light using an optical microscope (DM 4000B; Leica) as
described previously [12].

Type I and II collagen expression were evaluated by
immunohistochemistry using specific mouse anti-human
antibodies (C2456 Sigma, dilution 1 : 150 and CP18 Cal-
biochem, dilution 1 : 100). Sections were deparaffined and
rehydrated through graded ethanol, rinsed in distilled
water, and treated with 0.3% H2O2 and 10% normal horse
serum to block endogenous peroxidase and nonspecific
binding, respectively. Antigen retrieval for type I and type
II collagen was performed by proteinase k incubation for
10min. Dako envision amplification system (Cytomation
Envision System-labelled polymer-HRP anti-mouse) was
used, followed by development with 3,3′-diaminobenzidine
(Dako, Barcelona, Spain) as chromogen according to the
manufacturer’s instructions, which originated a brown
staining in immunoreactive structures. Sections were
finally counterstained with Mayer’s hematoxylin (Sigma-
Aldrich, Madrid, Spain).

2.8. Data Presentation. All experiments were performed in
triplicate. The histopathological study was performed in a
double-blinded manner, and the figures presented in the
manuscript are representative images.

3. Results

3.1. Differentiation of Rabbit Primary Chondrocytes In Vitro.
Rabbit primary chondrocytes were isolated and cultured as
described in Materials and Methods. Cells were then cul-
tured in proliferation or differentiation culture medium
for up to 6wk. Cell morphology was evaluated using
rhodamine-conjugated phalloidin, while COLI, COLII, and
ACAN expression were analyzed by immunofluorescence.
The results are summarized in Figure 2. Chondrocytes
grown in proliferation medium demonstrated a stellate
mesenchymal morphology with marked F-actin stress fibers
(Figure 2(a)) as well as expression of type I collagen

(a)

5 mm

(b)

5 mm

(c)

5 mm

(d)

5 mm

(e)

5 mm

(f)

5 mm

(g)

Figure 1: Osteochondral defects of 3mm were generated in the knees of rabbits (a) and covered with alginate alone (b, e), alginate containing
2× 106 rabbit primary chondrocytes (c, f), or alginate containing 2× 106 hDPSCs (d, g). The animals were sacrificed 3 months after surgery.
Representative macroscopic images of the animals (n = 3) are shown.
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(Figure 2(d)). The shape of cells cultured in chondral differ-
entiation medium changed dramatically to a rounded
morphology (Figure 2(f)), with diminished fibrillary actin.
These changes correlated with significant expression of
COLII and ACAN (Figures 2(g) and 2(h)). No expression
of COLI was detected (Figure 2(i)).

3.2. Characterization and Differentiation of hDPSCs In Vitro.
hDPSCs were cultured and analyzed by flow cytometry for
CD29, CD44, CD105, and CD146 expression. Nearly 98%
of the cells analyzed were positive for CD29, CD44, CD105,
and CD146 but negative for CD31 and CD45.

The cells were grown in proliferation or differentiation
culture medium for up to 6wk, and the results are sum-
marized in Figure 3. Cells cultured in differentiation
medium displayed a more rounded morphology compared
with those cultured in proliferation medium. Nevertheless,
this change was not as evident as that in primary chondro-
cytes (Figures 3(a) and 3(e)). No expression of COLI and
lower expression of COLII were observed (Figures 3(f)
and 3(g)), although significant expression of ACAN was
evident (Figure 3(d)).

3.3. Chondrocytes and hDPSCs Induce Joint Cartilage
Regeneration In Vivo. To determine if cultured cells can
induce cartilage regeneration, a well-established rabbit model
of articular regeneration was used [27]. Alginate scaffolds
with or without chondrocytes or hDPSCs at a density of
2× 106 cells/mL were manufactured and implanted in the
knees of rabbits. The animals were sacrificed 3 months
after surgery, and the joints were evaluated. Rabbit joints
were evaluated macroscopically, and representative results
are shown (Figures 1(b), 1(c), 1(d), 1(e), 1(f), and 1(g)).
Animals with alginate implants showed a significant loss

of articular cartilage with an appreciable sinking of the
articular surface (Figures 1(b) and 1(e)). Alginate contain-
ing primary chondrocytes resulted in a clear regeneration
of articular cartilage, which appeared to protrude into
the articular cavity (Figures 1(c) and 1(f), arrow). Similar
results were observed with alginate containing hDPSCs,
except with less evident protrusion into the joint cavity
(Figures 1(d) and 1(g)).

Histological analysis revealed a marked loss of articu-
lar cartilage in rabbits implanted with alginate only
(Figures 4(b) and 4(f)) compared to that in control animals
(Figures 4(a) and 4(e)). This loss of cartilage was clearly
diminished in animals implanted with alginate containing
either chondrocytes (Figures 4(c) and 4(g)) or hDPSCs
(Figures 4(d) and 4(h)). These animals exhibited marked
regeneration of articular cartilage, characterized by the for-
mation of new isogenic chondral groups and new chondral
matrix, although this was more evident in animals implanted
with hDPSCs compared with chondrocytes. Polarized light
microscopy was used to analyze the arrangement of chondral
matrix fibers. A pronounced disturbance in collagen fiber
arrangement was observed in the animals implanted with
alginate only compared with animals implanted with alginate
containing chondrocytes or hDPSCs, in which the fiber
disposition was more similar to that of native cartilage
(Figures 4(i), 4(j), 4(k), and 4(l)). Immunohistochemistry
was used to evaluate type I and II collagen expression. In
the animals in which only alginate was used to repair the
lesion, a lower expression of type II collagen was observed
compared to that in control animals (Figures 4(m) and
4(n)). In both experimental groups in which chondrocytes
and hDPSCs were used in combination with alginate, a
higher expression of type II collagen was observed
(Figures 4(o) and 4(p)). No significant expression of type
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Figure 2: Rabbit primary articular chondrocytes were isolated and cultured in proliferation (a–d) or differentiation culture medium (e–h)
for up to 6 weeks. F-Actin expression (a, e) was analyzed by microscopy fluorescence using rhodamine-conjugated phalloidin, and
collagen II (COLII; (b, f)), aggrecan (ACAN; (c, g)), and collagen I (COLI; (d, h)) expression were analyzed by immunofluorescence.
In all panels, cell nuclei were stained with 4′,6-diamidino-2-phenylindole (DAPI). Microphotographs are representative fields of three
independent experiments.
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I collagen was found in the articular cartilage of animals
analyzed (data not shown).

4. Discussion

OA is considered an inflammatory systemic disease in
which all joint components are affected. It is characterized
by a progressive degeneration of articular cartilage and
nonreversible replacement of this cartilage with nonfunc-
tional fibrocartilage. Articular cartilage is an avascular
connective tissue, resulting in poor regenerative capacity
[30]. The prevalence of OA increases every year as a con-
sequence of the aging population, and it is considered a
serious health problem with no effective pharmacological
treatment [6].

According to the International Cartilage Repair Society,
microfracture, autologous chondrocyte implantation, and
osteochondral autographs result in certain degrees of short-
term success for OA treatment [1]. The success of autologous
chondrocyte implantation has been demonstrated not only at
the experimental level but also in clinical trials, and autolo-
gous chondrocyte implantation has shown benefits compara-
ble to those of other options such as microfracture [13].
However, this option suffers from a number of limitations
primarily related to the extraction source (cartilage biopsy,
which is not exempt from morbidity) and the poor regenera-
tion capacity of chondrocytes, which can make it impossible
to obtain the minimum number of cells needed for tissue
regeneration [31, 32]. These limitations have stimulated
researchers to investigate the use of other cell types. Among
them, MSCs of different origin, including bone marrow or
adipose, have been evaluated because of their capacity to
regenerate cartilage [33].

Recently, dental pulp has gained interest as a source of
MSCs. Human dental pulp contains several types of stem

cells including hDPSCs, periodontal ligament stem cells,
stem cells from apical papilla, and dental follicle progenitor
cells [19, 21, 34, 35]. hDPSCs are characterized by a high-
proliferative capacity while maintaining the ability to differ-
entiate into multiple lineages [23]. Although these cells have
been investigated for their potential to differentiate into
chondrocytes in vitro [36], their regeneration of cartilage
in vivo is poorly understood. Here, we found that after
growth for 6wk in chondrocyte differentiation culture
medium, hDPSCs express ACAN. Nevertheless, only low
expression of COLII was detected. This could be due to the
length of time in culture; ACAN is expressed earlier than
COLII, so it is possible that an increase in COLII would be
seen after longer time points. A second possibility is the
culture environment. It has been demonstrated by different
groups that a three-dimensional environment is critical for
chondrocyte differentiation [11]. Moreover, Nemeth et al.
demonstrated that DPSCs form three-dimensional spheroids
show significant upregulation of chondrogenic gene markers
when cultured in hydrogel scaffolds of composite methacry-
lated gelatin-hyaluronic acid [37]. Among the different
hydrogels used for cartilage regeneration, alginate has been
successful for the generation of cartilage [11]. For this reason,
we cultured cells in alginate hydrogels to evaluate their ability
to regenerate articular cartilage in vivo. We used a well-
established in vivo model of articular cartilage damage [27]
and primary isolated chondrocytes as a reference group.
Our results demonstrate the importance of using different
cells (chondrocytes or mesenchymal cells) to obtain appro-
priate cartilage regeneration. Animals in which only alginate
was implanted demonstrated poor regeneration with loss of
cartilage tissue compared with those in which chondrocytes
or hDPSCs were also implanted. We observed improved
tissue regeneration as well as a smoother articular surface
when hDPSCs were used instead of primary chondrocytes,
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Figure 3: Human dental pulp stem cells (hDPSCs) were isolated and cultured in proliferation (a–d) or chondrocyte differentiation culture
medium (e–h) for up to 6 weeks. F-Actin expression (a, e) was analyzed by fluorescence microscopy using rhodamine-conjugated
phalloidin, and COLII (b, f), ACAN (c, g), and COLI (d, h) expression were analyzed by immunofluorescence. In all panels, cell nuclei
were stained with DAPI. Microphotographs are representative fields of three independent experiments.
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which may be due to the anti-inflammatory effects of
hDPSCs (discussed below).

Although the results presented here suggest that hDPSCs
are useful for cartilage regeneration, it is important to note
that this is a preliminary study. On the one hand, it will be
important to further our understanding of the mechanisms
involved in hDPSC-induced regeneration. These cells have
been shown to inhibit the characteristic inflammatory pro-
cesses underlying OA [38]. In fact, administration of culture
medium conditioned by hDPSCs has confirmed beneficial
effects on OA [39]. On the other hand, it will also be

important to analyze the composition of the regenerated
tissue and to extend this study to other animal models of
OA. Despite these limitations, the results shown here are
novel and support the use of dental pulp as an accessible
source of mesenchymal cells, which may be used instead of
primary chondrocytes because of their better proliferation
and cartilage-regeneration capacity.
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Figure 4: Osteochondral defects of 3mm were generated in the knees of rabbits and covered with alginate alone (b, f, j, n), alginate
containing 2× 106 rabbit primary chondrocytes (c, g, k, o), or alginate containing 2× 106 hDPSCs (d, h, l, p). The animals were sacrificed
3 months after surgery. Knees were fixed with 4% formaldehyde, immersed in OSTEOSOFT decalcifier solution for 5wk at room
temperature, and embedded in paraffin. The resulting 5 μm-thick sections were stained with hematoxylin and eosin and analyzed under
normal (a–h), polarized (i–l) light using an optical microscope. Immunohistochemistry analysis of type II collagen is represented in
panels m–p. Histological images of control animals (a, e, i, m) are also represented. Representative microscopic images of n = 3 animals
are shown.
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Ex vivo culture of human limbal epithelial cells (LECs) is used to treat limbal stem cell (LSC) deficiency, a vision loss condition, and
suitable culture systems using feeder cells or serum without animal elements have been developed. This study evaluated the use of
human umbilical cord or placenta mesenchymal stem cells (C-MSCs or P-MSCs, resp.) as feeder cells in an animal/serum-free
coculture system with human LECs. C-/P-MSCs stimulated LEC colony formation of the stem cell markers (p63, ABCG2)
and secreted known LEC clonal growth factors (keratinocyte growth factor, β-nerve growth factor). Transforming growth
factor-β-induced protein (TGFBIp), an extracellular matrix (ECM) protein, was produced by C-/P-MSCs and resulted in an
increase in p63+ ABCG2+ LEC colonies. TGFBIp-activated integrin signaling molecules (FAK, Src, and ERK) were expressed in
LECs, and TGFBIp-induced LEC proliferation was effectively blocked by a FAK inhibitor. In conclusion, C-/P-MSCs
enhanced LEC culture by increasing growth of the LSC population by secreting growth factors and the ECM protein
TGFBIp, which is suggested to be a novel factor for promoting the growth of LECs in culture. C-/P-MSCs may be useful
for the generation of animal-free culture systems for the treatment of LSC deficiency.

1. Introduction

The limbus, where corneal epithelial stem cells reside, is the
narrow zone between the cornea and the bulbar conjunctiva.
Damage to the limbus results in limbal stem cell deficiency
(LSCD), which causes severe vision loss by painful opacifica-
tion of the otherwise transparent cornea. For LSCD treat-
ment, transplantation of in vitro cultured limbal epithelial
cell (LEC) sheets grown on various culture substrates has
shown success in terms of ocular surface reconstruction
and improved vision [1]. Therefore, it will be essential to
determine a suitable culture system using different carriers
of the sheet, culture medium, or feeder layer.

Murine 3T3 feeder layer cells increase the colony-
forming efficiency of LECs and produce a robust sheet by
unclear mechanisms [2]. However, the use of xenologic 3T3
cells may expose human LECs to mouse pathogens, present-
ing ethical and safety issues. To avoid xenogenic contamina-
tion, human dermal fibroblasts, human bone marrow
mesenchymal stem cells (BM-MSCs), human limbal mesen-
chymal cells, and human adipose tissue-derived MSCs have
been used as replaceable feeder cells [2–5]. Human MSCs
express various genes that maintain or promote the prolifer-
ation of LECs, for example, pleiotrophin, epiregulin, cystatin
C, hepatocyte growth factor (HGF), keratinocyte growth fac-
tor (KGF), and insulin-like growth factor 1a in adipose
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tissue-derived MSCs and KGF, HGF, and N-cadherin in
BM-MSCs [2, 3]. Human umbilical cord or placenta MSCs
(C-MSCs or P-MSCs, resp.) may also be candidate feeder
cells but, to the best of our knowledge, have not been
tested in LEC culture.

Compared with BM-MSCs, a collection of human
C-/P-MSCs is noninvasive and considered ethically accept-
able, because the human placenta is discarded postpartum
[6]. MSCs are abundant in the placenta but rare in the adult
bone marrow [6]. In addition, the number of BM-MSCs sig-
nificantly decreases with age [6]. C-/P-MSCs can be obtained
efficiently, because P-MSCs grow faster and more robustly in
culture than do BM-MSCs, and a substantial number of C-
MSCs can be obtained after several passages [7, 8]. A feeder
layer of C-MSCs also showed a nontumorigenic effect in
embryonic stem cells by downregulating c-myc signaling [9].

With LSCD LEC sheet therapy, the percentage of p63+

cells in culture is positively associated with the clinical
outcome [10]. p63 sustains the proliferative potential of
limbal stem cells (LSCs) and is expressed in holoclones
[10–12]. ATP-binding cassette subfamily G member 2
(ABCG2) is the most useful marker of LSCs [12]. In this
study, the potential of C-/P-MSCs in LEC culture was
assessed according to p63+ and ABCG2+ colony formation.
In addition, a new effective factor, transforming growth fac-
tor-β-induced protein (TGFBIp), was shown to be secreted
by C-/P-MSCs, and a potential signaling pathway stimulating
LEC proliferation is suggested.

2. Materials and Methods

2.1. LEC Culture. Limbal epithelial sheets were isolated from
human corneoscleral rims after penetrating keratoplasty.
This study was approved by the Institutional Review
Board of Severance Hospital (Seoul, Republic of Korea).
A human corneoscleral rim was incubated at 4°C for
10 h in CnT-PR medium (CELLnTec, Bern, Switzerland)
containing 50mg/mL dispase II (Roche, Indianapolis, IN,
USA) and 100mM sorbitol (Sigma-Aldrich, St. Louis, MO,
USA). Under a dissection microscope, a loose limbal epithe-
lial sheet was separated using a spatula, as described previ-
ously [13]. The limbal epithelial sheet was cultured on a
1 : 20 diluted Matrigel (Sigma-Aldrich)-coated plate in
CnT-PR medium.

2.2. MSC Culture. P-MSCs (passage 6) and C-MSCs (passage
5) were provided by CHA Biotech (Seongnam, Republic of
Korea). Preparation and characterization of both cell types
have been described previously [14]. MSCs were cultured
on a 150mm culture dish in minimum essential medium-
(MEM-) alpha (Gibco, Carlsbad, CA, USA) and 10% fetal
bovine serum (FBS; Gibco).

2.3. Preparation of MSC-Conditioned Medium and the
Colony-Forming Unit Assay. Confluent P-MSC or C-MSC
cultures were grown in MEM-alpha without FBS for 24
hours, and the media were collected and centrifuged to
remove cells and debris. The conditioned medium was added
to CnT-PR medium at a 1 : 1 ratio. LECs (4× 103) were

seeded on a 1 : 20 diluted Matrigel-coated 60mm dish
containing conditioned medium and incubated for 10 days.
The colonies were then fixed with 4% paraformaldehyde
and stained with hematoxylin and eosin. The number of
colony-forming units (CFU) in each dish was counted in
four different microscopic fields of view. Experiments were
performed in triplicate for each medium condition.

2.4. Coculture of MSCs and LECs. Cell culture inserts (Trans-
well; polycarbonate, 0.4μm pore size; Corning, NY, USA)
were coated with 1 : 20 diluted Matrigel, and 3× 103 LECs
were seeded on the inserts. In addition, 7× 104 P-MSCs or
C-MSCs were seeded as feeder cells in the bottom well of
the paired wells and cocultured with LECs in CnT-PR
medium for 10 days. Both P-MSCs and C-MSCs were tested
in experiments using coculture. A CFU assay for LECs was
performed as described above.

2.5. Immunocytochemical Analysis of LEC Colonies. LEC
colonies were washed in phosphate-buffered saline (PBS),
blocked with 5% donkey serum in an antibody dilution buffer
consisting of PBS and 0.1% Triton X-100, incubated
overnight with the primary antibody (p63 [Cell Signaling,
Beverly, MA, USA] or ABCG2 [Abcam, Cambridge, MA,
USA]) at 4°C, and labeled with a fluorescein-conjugated sec-
ondary antibody (Molecular Probes, Leiden, Netherlands).
The colonies were then observed under a fluorescence
microscope (Olympus, Tokyo, Japan).

2.6. Proteins Secreted by the MSCs. Protein levels in the MSC
and LEC coculture medium were measured using enzyme-
linked immunosorbent assay (ELISA) kits: human KGF
quantikine ELISA kit (DKG00, R&D Systems, Minneapolis,
MN, USA), human β IG H3 ELISA kit (TGFBI) (ab155426;
Abcam), human EGF ELISA kit (ELH-EGF-001, THP;
RayBiotech, Vienna, Austria), and human NGF-β ELISA
kit (K0331220; Koma Biotech, Seoul, Republic of Korea).
ELISAs were performed in triplicate for each sample, and
coculture was performed in triplicate for each type of MSC.

2.7. Effect of TGFBIp on LEC Growth and Colony Formation.
The 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium
bromide (MTT) assay was used to evaluate LEC proliferation
following TGFBIp treatment. LECs were seeded at 2× 104/
well in 96-well culture plates in CnT-PR medium. After 24
hours, the cells were then treated with human TGFBIp
(Sino Biological Inc., 10569-H08H, Beijing, China) at dif-
ferent concentrations ranging from 0–10μg/mL. Following
TGFBIp treatment (24, 48, and 72h), 20μL MTT labeling
reagent (5mg/mL) was added to each well. The media were
removed 4 hours later, 150μL dimethyl sulfoxide (DMSO)
was added to each well, and the absorbance was measured
at 570nm.

A CFU assay was performed for LECs treated with
TGFBIp. LECs (4× 103) were seeded on a 1 : 20 diluted
Matrigel-coated 60mm dish containing CnT-PR medium
and TGFBIp (10μg/mL). After 10 days of culture, the colony
numbers were counted and the expression of p63 and
ABCG2 was analyzed as described above.
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2.8. Western Blotting of Signaling Pathway Members Induced
by TGFBIp. LECs (2×105/well) were seeded onto 60mm
plates. After 24 hours, cells were treated with TGFBIp (10μg/
mL) for various periods (5, 10, 15, 30, and 60 minutes). Cells
were harvested using radio immunoprecipitation assay buffer;
the resulting cell lysates were subjected to sodium dodecyl
sulfate-polyacrylamide gel electrophoresis, and proteins from
the gel were transferred onto polyvinylidene difluoride mem-
branes. The blocked membranes were incubated with the

appropriate primary antibody (anti-human, phosphorylated
Src, phosphorylated AKT, extracellular signal-regulated kinase
[ERK], phosphorylated ERK [pERK], focal adhesion kinase
[FAK], or phosphorylated FAK [1 : 1000 dilution, Cell
Signaling Technology Inc., Danvers, MA, USA]), and the
immunoreactive bands were visualized using an enhanced
chemiluminescence immunoblotting system (GE Healthcare,
Buckinghamshire, UK). The intensity of a protein band was
quantified by densitometry of immunoblots.
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Figure 1: Colony-forming unit assay of conditioned medium from C-MSC or P-MSC. Microscopic analysis following hematoxylin and eosin
(H&E) staining (a; magnification: ×10) and immunofluorescence analysis of p63 and ABCG2 (b; white bar indicates 500 μm) are shown. Error
bars represent the standard deviation of the mean. ∗∗P < 0 01, compared with the control medium, CnT-PR (Student’s t-test). C-MSC:
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2.9. FAK Inhibitor and LEC Proliferation Assay. LECs were
seeded at 2×104/well in 96-well culture plates. The cells were
incubated in CnT-PR medium for 24 hours and preincubated
for 40 minutes with or without 1μM CAS 4506-66-5 (FAK
inhibitor 14, Sigma-Aldrich). The cells were then treated with
10μg/mL human TGFBIp (Sino Biological Inc., 10569-H08H).
Following TGFBIp treatment (24, 48, and 72 hours), 20μL
MTT labeling reagent (5mg/mL) was added to each well. The
media were removed 4 hours later, 150μL DMSO was added
to each well, and the absorbance was measured at 570nm.

3. Results

3.1. Promotion of p63+ ABCG2+ LEC Colonies by C- or
P-MSCs. C- or P-MSCs were tested in two different systems,

conditioned medium and coculture systems. First, condi-
tioned media from both C-MSC and P-MSC cultures
increased the number of LEC colonies compared with the
basal medium, CnT-PR (Figure 1). In addition, almost all
of the colonies were positive for p63 and ABCG2
(Figure 1). Because ABCG2 is a marker of LSCs and p63 is
correlated with positive clinical outcomes, some factors in
the conditioned medium may promote a positive clinical
effect by promoting the growth of p63+ and ABCG2+ cells.
A Transwell coculture system was designed: in this conve-
nient system, C-/P-MSCs did not contact LECs directly, but
LECs were continuously exposed to factors secreted from
C-/P-MSCs (Figure 2). In this system, elements were directly
transferred from C-/P-MSCs to LECs. In both C-MSC and P-
MSC coculture systems, the number of colonies increased in
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Figure 2: Coculture of MSCs and limbal epithelial cells (LECs) and colony-forming unit assay. Schematic of the coculture system containing
LECs (blue in the insert) and MSCs (not shown). Yellow indicates medium. (a) Microscopic analysis following H&E staining
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comparison to that of colonies in CnT-PR medium, and
nearly all of the colonies were positive for p63 and ABCG2
(Figure 2). However, the number of colonies generated was
not greater in the coculture system compared with condi-
tioned medium (Figures 1 and 2). Because only CnT-PR
medium was used in the coculture system, the increase in
the number of LEC colonies appeared to be caused by factors
secreted by C-/P-MSCs. In contrast, the conditioned medium
consisted of MEM-alpha, CnT-PR, and elements secreted by
C-/P-MSCs. Therefore, secreted factors in the conditioned
medium and the coculture system promoted the formation
of p63+ ABCG2+ LEC colonies. Although both C-MSCs
and P-MSCs were cultured in CnT-PR medium without
serum in the coculture system, their functions were com-
parable when grown in MEM-alpha medium with serum.

3.2. β-NGF, KGF, and TGFBIp Were Present at Higher Levels
in the Coculture System. To determine the factors secreted by
C-/P-MSCs, the supernatant obtained from the coculture
medium was analyzed by ELISA to detect human epidermal
growth factor (EGF), KGF, β-nerve growth factor (β-NGF),
and TGFBIp. EGF, KGF, and β-NGF stimulate clonal growth
of LSCs, and TGFBIp was chosen as a novel candidate [15].
In both C-MSC and P-MSC coculture media, EGF was not

significantly elevated compared with that in CnT-PR
medium alone (Figure 3). In contrast, KGF, β-NGF, and
TGFBIp were detected at higher levels in both C-MSC and
P-MSC coculture media compared with CnT-PR medium
alone (Figure 3). The concentration of TGFBIp was remark-
ably high compared with that of KGF and β-NGF in both
C-MSC and P-MSC coculture media (Figure 3). Based on
these findings, KGF, β-NGF, and TGFBIp, but not EGF,
may have been responsible for the increase in p63+

ABCG2+ LEC colonies.

3.3. TGFBIp Promoted Colony Formation and Proliferation of
LECs via FAK and ERK Signaling. To confirm the effect of
TGFBIp, a LEC proliferation assay was performed, and the
results revealed that TGFBIp promoted proliferation of LECs
in a dose-dependent manner up to 10μg/mL at three
different time points (Figure 4(a)). TGFBIp was added to
CnT-PR medium at 10μg/mL, and the TGFBIp-containing
medium resulted in more colonies than did the control
medium; the majority of which were p63+ and ABCG2+

(Figures 5(a) and 5(b)).
To determine which signaling pathways are involved in

TGFBIp-induced LEC proliferation, different intracellular
signaling molecules were analyzed. TGFBIp interacts with
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integrins with multiple motifs, including the C-terminal RGD
motif, and activates integrin-associated proteins, such as FAK
and Src [16]. As a result, FAK promotes cell proliferation via
ERK signaling or cell survival via AKT activation [16]. The
expression of FAK, SRC, ERK, and AKT were evaluated
by Western blotting following incubation with TGFBIp-
containing (10μg/mL) CnT-PR medium. Phosphorylation of
FAK, SRC, and ERK was increased by TGFBIp stimulation,
while AKT phosphorylation was unaffected (Figure 6). To
investigate the significance of the FAK signaling pathway,
LECs were pretreated with a FAK inhibitor (CAS 4506-66-5)
and stimulated with TGFBIp. LEC proliferation by TGFBIp
was effectively blocked by CAS 4506-66-5 at three different
time points (Figure 4(b)). Overall, TGFBIp stimulated LEC
proliferation, which was suppressed by CAS 4506-66-5, and
the formation of p63+ ABCG2+ LEC colonies, suggesting
that TGFBIp may act on LECs via integrins.

4. Discussion

Factors secreted by human C-/P-MSCs promoted the forma-
tion of p63+ ABCG2+ colonies in LEC culture. The levels of
KGF, β-NGF, and TGFBIp were elevated in C-/P-MSC
coculture media, and TGFBIp stimulated LEC proliferation
via the FAK, Src, and ERK signaling pathways.

CnT-PR is a serum-free medium developed for progeni-
tor cell-targeted growth with good colony-forming ability
[15]. However, in LEC culture, serum-free CnT-PR is unsuc-
cessful for LSC transplantation, as serum support seems to be
essential [17, 18]. Vitronectin and fibronectin, ECM proteins
present in FBS, are important for the initial attachment of
LECs [19]. For clinical use, animal-free culture techniques
have been developed using autologous serum, and these have

shown promising clinical results [20]. In this study, serum
was removed from the C-/P-MSC culture medium 24 hours
before adding it to CnT-PR medium to generate the condi-
tioned medium. Coculture with C-/P-MSCs was also per-
formed under serum-free conditions as only CnT-PR
medium was used. Under both serum-free conditions, the
number of the p63+ ABCG2+ LEC colonies was increased
compared with that under the use of CnT-PR medium alone,
which implied that C-/P-MSCs enhanced the LEC culture
system for LSCD treatment in the absence of serum
(Figures 1 and 2).

Human epidermal keratinocytes generate three types
of clonogenic cells, holoclones, meroclones, and para-
clones, which have different proliferative capacities [21].
Holoclone-forming cells have the ability to self-renew and
high proliferative potential; they are human squamous epi-
thelial stem cells located in the limbus but not in the central
cornea [10, 21]. p63 is a marker of holoclones, and quantita-
tive immunodetection of p63 is used as a validation method
before grafting in LSCD patients [10, 22]. Success of LEC
transplantation is associated with the percentage of p63-
positive cells (p63%) in culture; the success rate is 78% if
p63%> 3% but only 11% if p63%≦ 3% [10]. Therefore, the
increase in p63+ LEC colony number by C-/P-MSCs could
improve LEC transplantation.

3T3 fibroblasts have been introduced as feeder cells
[23]. Because 3T3 fibroblasts are effective without directly
contacting LECs, soluble factors derived from 3T3 fibro-
blasts may be involved in the promotion of LSCs [24].
Hence, the Transwell coculture system may be clinically
applicable and potentially involve soluble factors from
the MSCs (Figure 2). In addition, the Transwell coculture
system helps to avoid mixing problems with feeder cells
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Figure 4: Effect of TGFBIp on limbal epithelial cell (LEC) proliferation. LECs were incubated with TGFBIp (0–10 μg/mL) for 72 h (a). LECs
were preincubated with or without the FAK inhibitor CAS 4506-66-5 (1 μM) and then stimulated with TGFBIp (10 μg/mL) for 72 h (b). Cell
proliferation was assessed by the MTT assay. Error bars represent the standard deviation of the mean. ∗∗P < 0 01, compared with the control
medium, TGFBIp 0 μg/mL (Student’s t-test). TGFBIp: transforming growth factor-β-induced protein.
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because transplantable LECs on the insert can be cultured
separately. The importance of soluble factors was reaf-
firmed by the C-/P-MSC-conditioned medium (Figure 1).
In comparison with conditioned medium, the coculture
system provides fresh MSC-derived factors to the LECs.
However, the coculture conditions may not be perfect for
MSCs, for which serum-free CnT-PR medium was used.
For the conditioned medium, C-/P-MSCs were cultured
with serum and MEM-alpha. As a result, the colony for-
mation ability of the coculture system was not superior
but comparable with that of the conditioned medium
(Figures 1 and 2).

The soluble factors KGF and β-NGF, but not EGF, were
present at higher levels in the coculture medium compared
with the CnT-PR control medium (Figure 3). KGF and
EGF stimulate clonal growth of human LECs more than
do HGF and other growth factors [15]. Expression of
KGF in human MSCs has been reported in LEC culture,
but EGF and β-NGF have not been investigated [2, 3].
KGF is highly expressed in limbal fibroblasts, and the
basal layers of the limbal epithelium express the KGF
receptor [25]. KGF increases p63 expression in human

LECs, and human LSCs may require KGF expression to
maintain an undifferentiated state [25]. However, KGF
does not inhibit the differentiation of LECs, which may
be beneficial for the culture of LEC sheets that include
both undifferentiated and differentiated cell layers [25, 26].
In contrast, EGF inhibits the expression of differentiation
markers in corneal epithelial cells [26]. The NGF receptor,
TrkA, is also expressed in limbal epithelial basal cells, and
β-NGF exhibits an additive effect with EGF on the promo-
tion of LEC growth rate [15]. β-NGF signaling favors LSC
survival and is important for the expansion of limbal epithe-
lial progenitor cells; a high level of NGF is present in the
human amniotic membrane, and LEC expansion on the
amniotic membrane is significantly retarded by blocking
NGF signaling [27].

TGFBIp was detected at much higher concentrations
in C-/P-MSC coculture medium compared with CnT-PR
control medium, and it promoted LEC colony formation
and proliferation (Figures 3, 4(a), and 5). To the best of
our knowledge, the effect of TGFBIp on LEC colony for-
mation has not yet been reported. TGFBIp is an ECM
protein detected in various cell types, including MSCs
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7Stem Cells International



and corneal epithelial cells [28–30]. TGFBIp participates in
diverse processes including cell adhesion and migration
and contributes to wound healing in human corneal epithe-
lial cells [28, 30]. TGFBIp has multiple integrin-binding
motifs including Arg-Gly-Asp (RGD), NKDIL (sequence
of peptide), and EPDIM (sequence of peptide) and inter-
acts with other ECM molecules, such as collagen, fibronec-
tin, laminin, or glycosaminoglycan [29, 30]. Therefore,
TGFBIp would be able to function as a linker protein con-
necting the ECM and integrins. LECs express several
integrins that can interact with TGFBIp, such as α3β1,
αvβ5, and α6β4 [30, 31]. TGFBIp may create favorable
conditions for LEC attachment during culture, resulting
in increased colony formation.

The LEC integrins α3β1 and α6β4 may function in
cell survival and proliferation when activated by TGFBIp
[31]. Integrins cooperate with other growth factors or
cytokine receptors by transactivation, coordination, modula-
tion, and compartmentalization [32]. In addition, β1 and
β4 are highly expressed in LSCs and may be important
for maintaining the stem cell population [31, 33]. Integ-
rins play an important role in the regulation of stem cell
function including stem cell proliferation, self-renewal,
and cell division orientation [33]. Consequently, TGFBIp
may promote LEC cell proliferation and p63+ ABCG2+

colony formation.
In intracellular integrin signaling, FAK associates with

integrin and plays a key role in the formation of a signaling
complex with other molecules [34]. The activated dual
kinase FAK-Src complex functions to promote cell migra-
tion, proliferation, and survival [16]. Crk-associated sub-
strate and c-Jun N-terminal kinase (JNK) are involved in

cell migration, ERK and cyclin D1 are important for cell cycle
progression, and phosphatidylinositol 3-kinase (PI3K) and
AKT are involved in FAK-dependent cell survival [16, 34].
In the TGFBIp-dependent pathway, αvβ5 integrin triggers
phosphorylation and activation of FAK, paxillin, AKT, and
ERK and mediates the adhesion and migration of vascular
smooth muscle cells [35]. Coculture with mouse embryonic
stem cells enhances the adhesion, migration, and prolifer-
ation of rabbit corneal epithelial cells via the integrin β1-
FAK-AKT pathway [36]. In the present study, TGFBIp
activated FAK, Src, and ERK signaling, but not AKT sig-
naling, in human LECs (Figure 6). Because TGFBIp-
dependent LEC proliferation was effectively suppressed
by a FAK inhibitor (Figure 4(b)), FAK activation by integ-
rin might be an essential step for TGFBIp action in LECs,
although the importance of Src and ERK remains to be
assessed. This study showed that TGFBIp was secreted by
C-/P-MSCs and TGFBIp activity in LECs required FAK acti-
vation. ERK has been shown to regulate the migration of
immortalized human corneal epithelial cells during wound
healing by modulating the phosphorylation of FAK and
paxillin [37]. Therefore, ERK may not be a downstream
mediator of FAK.

5. Conclusions

Human C-/P-MSCs supported the LSC population in LEC
culture by secreting growth factors and ECM proteins such
as TGFBIp. We have shown that TGFBIp regulates LECs
possibly via integrin signaling. Human C-/P-MSCs can
be obtained safely and efficiently and may help in the
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Figure 6: Effects of TGFBIp on the FAK, Src, and ERK signaling pathways in limbal epithelial cells (LECs). Representative Western blotting
images (a) and densitometric analyses (b). LECs were treated with TGFBIp (10 μg/mL) for the indicated periods of time, and cell lysates were
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minute (Student’s t-test). TGFBIp: transforming growth factor-β-induced protein; FAK: focal adhesion kinase; ERK: extracellular
signal-regulated kinase.
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development of an animal-free LEC culture system for the
treatment of LSCD.
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