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The main focus of this special issue is on structural, func-
tional, and biomedical studies on pyridoxal-5󸀠-phosphate-
(PLP-) dependent enzymes. The unparalleled catalytic versa-
tility of PLP, the active form of vitamin B6, originates from its
unique electron-sinking properties, which stabilize reaction
intermediates, thus lowering the activation barrier during
catalysis. At least five different protein scaffolds arose during
evolution to bind PLP and harness its catalytic functionality.
The role of the apoenzyme scaffolds is to assist in the proper
orientation of the substrate’s reacting groups relative to the 𝜋-
electrons of PLP, to promote reactivity and control reaction
specificity. In addition, the active site residues interacting
with the leaving groups provide either stabilizing or destabi-
lizing interactions to direct catalysis [1].

As a consequence, PLP-dependent enzymes are unrivaled
in the variety of reactions they catalyze and the highly diverse
metabolic pathways they are involved in, including the con-
version of amino acids, one-carbon units, biogenic amines,
tetrapyrrolic compounds, and amino sugars. These biocata-
lysts play also a key role in sulfur assimilation and incorpora-
tion in cysteine, biotin, and S-adenosyl methionine.

The consequence of their widespread occurrence and cru-
cial importance is that a number of them are current drug tar-
gets. For example, inhibitors of 𝛾-aminobutyric acid amino-
transferase are used in the treatment of epilepsy [2], serine
hydroxymethyltransferase has been identified as a target for
cancer therapy [3], and inhibitors of L-DOPA decarboxylase
are used in the treatment of Parkinson’s disease [4]. Genetic
defects affecting PLP enzymes have been also implicated in

a number of diseases, including Primary hyperoxaluria type 1,
which is caused by mutations in alanine-glyoxylate amino-
transferase [5, 6]. Finally, several PLP enzymes are autoanti-
gens in autoimmune disease, for example, glutamate decar-
boxylase in type I diabetes [7] and SLA/LP in autoimmune
hepatitis [8].

This special issue is therefore devoted to the unique and
intriguing features of this group of enzymes. Detailed bio-
chemical characterizations of several members of this clan,
for example, C-S lyase, glutamate-1-semialdehyde aminomu-
tase, serine hydroxymethyltransferase, and L-DOPA decar-
boxylase, are described. An original paper, describing the
impact of pathogenic mutations of the enzyme serine palmi-
toyltransferase on its structure and activity, is also provided.
Moreover, a review focusing on the role of alanine-glyoxylate
aminotransferase homeostasis in the basic mechanisms of
primary hyperoxaluria is included. Recent developments and
ideas in the field of PLP-dependent enzymes, with a special
emphasis given to applied aspects of this research area, have
been summarized.The new insights coming from these stud-
ies will be hopefully translated into clinically useful agents
for innovative therapies to counteract diseases involving PLP
enzymes.

Alessandro Paiardini
Roberto Contestabile

Ashley M. Buckle
Barbara Cellini
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Malaria is a deadly infectious disease which affects millions of people each year in tropical regions. There is no effective vaccine
available and the treatment is based on drugs which are currently facing an emergence of drug resistance and in this sense the
search for new drug targets is indispensable. It is well established that vitamin biosynthetic pathways, such as the vitamin B6 de
novo synthesis present in Plasmodium, are excellent drug targets. The active form of vitamin B6, pyridoxal 5-phosphate, is, besides
its antioxidative properties, a cofactor for a variety of essential enzymes present in themalaria parasite which includes the ornithine
decarboxylase (ODC, synthesis of polyamines), the aspartate aminotransferase (AspAT, involved in the protein biosynthesis), and
the serine hydroxymethyltransferase (SHMT, a key enzyme within the folate metabolism).

1. Introduction

Malaria is a devastating infectious disease, which causes
serious problems in tropical and subtropical areas. According
to the World Health Organization (WHO), the population
of more than 100 countries is exposed to malaria parasites
[1]. The causative agent of malaria is belonging to the genus
Plasmodium, which can affect almost all vertebrates; however,
only five species have been reported to be infective for
humans, P. falciparum, P. vivax, P. ovale, P. malariae, and
P. knowlesi [2]. The transmission of the parasite occurs via
a blood meal of the Anopheles vector. Thereby, sporozoites
are transmitted to the vertebrate host and the comprehensive
life cycle of the pathogen is initiated [3]. In the past, several
attempts to control the disease have been undertaken to exter-
minate the vector with insecticide. However, due to spreading
drug resistance, these insecticides lost their efficacy [4]. A
similar situation is present for the treatment of patients, since

an effective vaccine is not yet available and the medication of
malaria is solely based on drugs [5, 6].

The folate (vitamin B9) metabolism is a validated drug
target in several infectious diseases and its biosynthesis is
not present in humans. Folate is an essential cofactor in
enzymatic reactions transferring one-carbon (C1) groups
[7, 8] and prominent antimalarials such as pyrimethamine
and cycloguanil (inhibitors of the dihydrofolate reductase)
and the sulfa drugs against the dihydropteroate synthase are
well characterised within the vitamin B9 metabolism [7, 8].
However—among others—resistance is also rising against
this metabolic pathway. Currently, there is a move towards
artemisinin-based combination therapies (ACTs) [9, 10].

As already indicated above, due to the fact that currently
no effective vaccine is available and the parasite’s speed in
developing resistance against almost all chemotherapeutic
compounds is alarming, there is an urgent need to discover



2 BioMed Research International

N

OH
HO

OHH

(a)

N

OH

O

HO

H

(b)

N

OH
HO

H NH2

(c)

N

OH

O

−O
3
PO

H

(d)
Figure 1: Chemical structures of vitamin B6: (a) pyridoxine, (b) pyridoxal, (c) pyridoxamine, and (d) its active form pyridoxal 5-phosphate.

novel drug-targets, which are subsequently exploitable for
the design of new therapeutics against the malaria pathogen
[11, 12]. In the search for novel antimalarials, attention has
been drawn on selective interference with the parasite’s
metabolism without harming the human host [13]. In this
sense promising drug targets are vitamin biosynthetic path-
ways.

Vitamins are molecules which have a variety of functions
in nature. They act as antioxidants, as precursors in electron
carrying processes, or are involved in enzymatic reactions
by acting as cofactors in metabolic pathways such as the
vitamins of the B-family [14]. Mammals generally depend on
the uptake of vitamins, unlike other groups, such as bacteria,
plants, and fungi which can synthesize them de novo. Some
apicomplexan parasites possess also vitamin biosynthetic
pathways which represent attractive drug targets to interfere
with [7, 13].

So far, three vitamin biosynthetic pathways have been
identified in malaria parasites [7, 13]. Besides the occurrence
of the biosynthesis for folate (vitamin B9) and the thiamine
(vitamin B1) biosynthesis, Plasmodium possesses also a vita-
min B6 biosynthetic pathway. Vitamin B6 is designated for
six vitamers: pyridoxine (PN), pyridoxamine (PM), pyridoxal
(PL), and their respective phosphorylated forms. The differ-
ente molecules differentiate in their substitutions at the 4th
position of the pyridine ring (Figure 1). However, pyridoxal
5-phosphate (PLP) is the only active form of the enzymatic
cofactor which is mainly involved in decarboxylation and
transamination reactions [15].

Up to now, two different vitamin B6 biosynthesis path-
ways are described: (i) the 1-deoxy-D-xylulose 5-phosphate
(DOXP)-dependent pathway is found in some proteobacteria
and is leading to pyridoxine 5-phosphate [16–18]; (ii) the
second pathway, the DOXP-independent pathway, is found
in plants, fungi, and the apicomplexan parasites Plasmodium
and Toxoplasma gondii [19–21].

Historically, the DOXP-independent pathway was iden-
tified in plants and ascribed to oxidative stress response [22,
23]. Afterwards, the analysis of this pathway discovered the
biosynthesis of PLP, which ismediated by an enzyme complex
(PLP-synthase) composed of a core of 12 Pdx1 (also known
as SNZ1 in yeast) individually surrounded by 12 Pdx2 (called
SNO1 in yeast) [24, 25]. The reaction mechanism has already
been studied in some detail, starting with the deamination
of glutamine to glutamate which is catalysed by Pdx2,
subsequently, the ammonia group is channelled to Pdx1,
where it is combined with the two other substrates, ribose

5-phosphate and glyceraldehyde 3-phosphate, leading to the
active cofactor [24, 26]. This complex has already been tested
for its druggability by performing in silico screens in order to
dock compounds into the active site. Identified compounds
were further employed in in vitro assays using recombinantly
expressed enzymes. The best compound derived from this
screen was 4-phospho-D-erythronhydrazide, which revealed
an IC
50
-value of 10 𝜇M in cell culture experiments [27].

Moreover, besides the well-established function of vita-
min B6 in acting as a cofactor, the molecule is also involved
in the combat against reactive oxygen species (ROS), in par-
ticular against singlet oxygen [22, 28]. This additional mode
of action is especially of relevance for the intraerythrocytic
stage of the human malaria parasite, because Plasmodium is
permanently exposed to ROS during proliferation within the
erythrocytes due to the oxidative environment of its host cell
which is accompanied by the parasite-driven haemoglobin
degradation [29, 30].

Additionally, the parasite’s genome encodes also for an
interconversion pathway which consists of the pyridoxal
kinase (PdxK) and a phosphatase [4, 7]. The latter reveals
a broad substrate spectrum and therefore it is questionable
whether this enzyme is solely responsible for the dephos-
phorylation of B6 vitamers [20, 31]. The PdxK catalyses
the phosphorylation of pyridoxal but also accepts the other
B6 vitamers as substrate [20, 32]. The presence of both—
biosynthetic and interconversion—pathways remains still for
elucidation since the parasite is able to generate PLP via two
pathways which would obviously emphasise an uptake of B6
vitamers [4].

In P. falciparum, the PdxK enzyme was already exploited
as drug target by channelling prodrugs into the parasite’s
metabolism. Pyridoxyl-tryptophan chimeras were converted
into their respective phosphorylated forms by the PdxK.
Subsequently, these molecules were shown to interfere with
PLP-dependent enzymes by inhibiting their catalyses and
hence the growth of the parasite [32].

2. PLP-Dependent Enzymes

PLP-dependent enzymes are characterised by their broad
range of enzymatic activities and their participations in differ-
entmetabolic pathways [15, 52].They aremainly concentrated
within the amino-acidmetabolism [53]. Besides the glycogen
phosphorylases, which follow a different mechanism [54, 55],
PLP-dependent enzymes bind PLP during catalysis cova-
lently to the respective substrate by acting as an electrophilic
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Table 1: Different classes of PLP-dependent enzymes according to [15, 33].
Group number Enzyme class/activity Representative enzymes

1 Aminotransferases and the amino-acid decarboxylases Serine hydroxymethyltransferase (SHMT) and the
aspartate aminotransferase (AspAT, prototype)

2 Replacement and elimination of C
𝛽
-groups Serine and threonine dehydratases and the tryptophan

synthase (prototype)

3 Interconversion of L- and D-amino acids with a
common folding (alpha/beta)8

Alanine racemase

4 Alanine aminotransferase D-Alanine aminotransferase
5 Glycogen phosphorylase Glycogen phosphorylase
6 5,6-Aminomutase D-Lysine 5,6-aminomutase
7 2,3-Aminomutase Lysine 2,3-aminomutase

stabilizer of the carbanion intermediate [56]. In the past, a few
attempts have been undertaken to classify PLP-dependent
enzymes according to their activities and evolutionary history
by splitting them into four major classes [57, 58]. Due to their
conservation in the nature, it has been suggested that PLP-
dependent enzymes derived from a common ancestor before
division into the three kingdoms of life occurred [57].

Afterwards, this classification was refined by analysing
genomic and structural information [15, 33] which led to
the sorting of PLP-dependent enzymes into seven groups
(Table 1).

Kappes and collaborators suggested that, because of
the existing metabolic diversity, PLP-dependent enzymes in
protozoan parasites would have potential to be good drug
targets [59]. Most of the enzymes found (at least 2/3) belong
to group I, followed by the less expressive group II, while the
groups IV andVare rare and the groupsVI andVII are almost
inexistent. Recent genome database analyses of different
parasites identified a minimal set of enzymes that are highly
abundant which includes the serine hydroxymethyltrans-
ferase (SHMT), the aspartate aminotransferase (AspAT),
the alanine transaminase, the branched-chain amino-acid
transaminase, and the cysteine desulfurase [59].

Moreover, the comparison of all available genomes of
free-living organisms revealed that only two EC-classified
enzymes are always present: the AspAT (EC 2.6.1.1) and
the SHMT (EC 2.1.2.1), which underlines the fundamental
importance of these enzymes [15].

Additionally, several other PLP-dependent enzymes have
already been exploited as drug targets such as the 𝛾-
aminobutyric acid GABA aminotransferase by the drug viga-
batrin for treatment of epilepsy [60], the alanine racemase in
microbicides [61], or the ornithine decarboxylase (ODC) in
cancer research [62]. In particular, the ODC was also subject
to drug discovery approaches against protozoan parasites
but not limited as outlined below to the aspartate amino-
transferase (AspAT) and the serine hydroxymethyltrans-
ferase (SHMT). However, the occurrence of PLP-dependent
enzymes in themalaria parasite is not restricted to these three
proteins as shown in Table 2.

3. Ornithine Decarboxylase (ODC)

As already outlined above, vitamin B6-dependent enzymes
play central roles not only in the metabolism of amino acids

but also in the polyamine synthesis. Polyamines are simply
structured aliphatic nitrogenous bases containing an essential
role in cell growth, proliferation, and differentiation due to
their stabilizing effect on macromolecules such as nucleic
acids, proteins, and lipids. Their function is considered to
be based on reversible ionic interactions with the negatively
charged macromolecules [63–65].

The ornithine decarboxylase (ODC) is a PLP-dependent
enzyme (Figure 2) which acts as a key regulator in the
polyamine biosynthesis by decarboxylating ornithine to the
polyamine putrescine—the first step in this synthesis. In
contrast to ornithine, the other precursor of the polyamine
synthesis, S-adenosylmethionine (AdoMet), is synthesized
from methionine and ATP by the enzyme AdoMet syn-
thase. AdoMet is also used to generate the polyamines
spermidine and spermine. P. falciparum possesses a unique
polyamine biosynthesis due to the bifunctional organisa-
tion of its key enzymes, S-adenosylmethionine decarboxy-
lase (AdoMetDC) and ornithine decarboxylase (ODC) [42,
66]. Thereby, both enzymes appear as the bifunctional
AdoMetDC/ODC whose organisation was discussed as an
advantage in substrate channelling [66].

There are more bifunctional proteins known in P. fal-
ciparum such as the dihydrofolate reductase-thymidylate
synthase (DHFR-TS) which is also present in other protozoa
[67, 68], the dihydro-6-hydroxymethylpterin pyrophos-
phokinase-dihydropteroate synthase (PPPK-DHPS) [69], the
glucose-6-phosphate dehydrogenase/6-phosphogluconolac-
tonase [70], and the guanylate cyclase/adenylate cyclase [71].

Among others, this unique organisation of the PfODC
has been discussed to be an attractive drug target [72]. As the
amino acid sequence of PfODC shares about 39% identity to
the human homologue, complications in rational drug design
of PfODC-specific lead compounds could be a crucial issue
[39]. Generally, there are three different strategies of inhibitor
design. A formerly used strategy for designing inhibitors
of vitamin B6-dependent enzymes is based on coenzyme-
substrate conjugates that cannot be processed by the enzyme
in their reduced form [73].

Another—already validated—strategy is the use of sub-
strate analogues in order to inhibit enzyme catalysis like the
specific ODC inhibitor difluoromethylornithine (DFMO),
originally designed as an anticancer agent. DFMO blocks the
erythrocytic schizogony of P. falciparum in cell culture at the
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Table 2: PLP-dependent enzymes in Plasmodium.

EC-
number EC-name PlasmoDB

number
Annotation according to

PlasmoDB Pathway Inhibitors References

2.1.2.1 Glycine
hydroxymethyltransferase PFL1720w Serine

hydroxymethyltransferase Folate metabolism

1843U89, AG331, AG337,
D1694, GR1, pemetrexed,

pyrimethamine,
WR99210, methotrexate,
glycine (competitively)

[34, 35]

2.3.1.37 5-Aminolevulinate
synthase PFL2210w

ALA synthase
(aminolevulinate

synthase)

Tetrapyrrole
biosynthesis

Aminomalonate,
Ethanolamine, Hemin [36]

2.6.1.1 Aspartate
aminotransferase PFB0200c Aspartate

aminotransferase

Amino acid and
pyrimidine
metabolism

Inhibited by his own
N-terminal peptide [37]

2.6.1.13 Ornithine
aminotransferase PFF0435w Ornithine

aminotransferase Argnine metabolism L-canaline [38]

2.6.1.57 Aromatic amino-acid
transaminase PFB0200c Aspartate

aminotransferase

Amino acid and
pyrimidine
metabolism

— —

4.1.1.17 Ornithine decarboxylase PF10 0322

S-Adenosylmethionine
decarboxylase/ornithine

decarboxylase
(bifunctional)

Polyamine
biosynthesis

Alpha-
difluoromethylornithine,
alpha-difluoroornithine,

CGP52622A,
CGP54619A, putrescine

(feedback control)

[39–44]

4.1.3.38 p-Aminobenzoic acid
synthetase PFI1100w p-Aminobenzoic acid

synthetase, putative Folate biosynthesis — —

2.6.1.7 3-Hydroxykynurenine
transaminase

Present in the insect
vector: Anopheles

Xanthurenic acid is
needed by the
parasite for
proliferation/
development

— [45]

Putative PLP-dependent enzymes

2.3.1.50 Serine
C-Palmitoyltransferase PF14 0155 Serine

C-Palmitoyltransferase
Sphingolipid
metabolism — —

2.6.1.42
Branched-chain
amino-acid

aminotransferase
PF14 0557 “Conserved Plasmodium

protein”
Pantothenate and
CoA biosynthesis — —

2.8.1.7 Cysteine desulfurase PF07 0068,
MAL7P1.150

Cysteine desulfurase,
putative

Iron-sulfur cluster
synthesis — —

4.1.1.18 Lysine decarboxylase PFD0285c,
PFD0670c

Lysine decarboxylase,
putative

Polyamine
metabolism — —

micromolar level (Table 2) and reduces the parasitemia in
Plasmodium berghei-infected mice [47, 48, 74, 75]. DFMO,
a derivative of ornithine, inhibits the enzyme irreversibly by
an alkylation of its active site. A combination of DFMO and
bis(benzyl)polyamines revealed a curative effect in rodent
malaria [76]. Moreover, DFMO reveals a more prominent
role due to its effectiveness against Trypanosoma brucei
gambiense, the agent of the West African Sleeping Sickness
[77–79]. Only marginal effects of DFMO have been observed
against the apicomplexan relatives of P. falciparum, Cryp-
tosporidium sp. [80] and Toxoplasma gondii [50].

Furthermore, two decades ago, a series of potent ODC
inhibitors were synthesized. These compounds belong to the
group of 3-amino-oxy-1-propanamine (APA) [81, 82], such

as CGP52622A and CGP54619A (Figure 2), which reversibly
inhibit the PfODC with IC

50
-values at the nanomolar range

(Table 3). APA itself had an IC
50
-value of 1 𝜇M revealing a

1000-fold stronger antiplasmodial effect than DFMO (IC
50

value of 1.3mM) (Table 3). However, APA and its analogues
failed as drug candidates in the mouse model [83].

Another interesting PLP-mimicking compound is the
cyclic pyridoxyl-tryptophan methyl ester PT3 which inhibits
in its phosphorylated form (PPT3) the proliferation of P.
falciparum at the cellular level (IC

50
-value of 14 𝜇M) without

harming human cells [32]. Two further compounds of this
chemical group, PPHME and PPT5, act as inhibitors of the
plasmodial ODC with IC

50
-values of 58 𝜇M and 64 𝜇M,

respectively [32] (Figure 2).
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4. The P. falciparum Aspartate
Aminotransferase (AspAT)

Aspartate aminotransferases are involved in three different
metabolic pathways. AspAT is responsible for the reversible
catalysis of L-aspartate (Asp) into oxaloacetate (OAA) and 𝛼-
ketoglutarate (2OG) into L-glutamate (Glu) [37]. Bulusu and
collaborators [84] highlighted that AspAT also acts together
with the fumarate hydratase (FH) and the malate-quinone

oxidoreductase (MQO) in the conversion of fumarate to
aspartate. The enzyme has also been described to accept
𝛼-ketomethylthiobutyrate as substrate in order to generate
methionine [85]. Like all other aminotransferases, AspAT
is structurally classified as a PLP-dependent enzyme of the
subgroup I as outlined previously (Table 1) [86].

In the malaria parasite, AspAT is localised in the
cytosol and reveals a homodimeric structure with two joint
active site regions formed by both subunits [87–89]. Special



6 BioMed Research International

PLP

325 410
Residues

N-terminus Small Large Small
Domains

1 14 47

(a) (b)

Figure 3: Three-dimensional structures of the AspATs. (a) The 3D structure of PfAspAT (PDB code: 3K7Y) highlighting the three major
domains and the N-terminus (green) as additionally shown in the scheme below. (b) Comparison between the human AspAT (grey, PDB
code: 3HLM) and the P. falciparum counterpart (dark grey). The respective N-terminal region is illustrated in black and the cofactor PLP in
colour.

Table 3: Comparison of the kinetic and inhibitory properties of ornithine decarboxylases.

P. falciparum∗ M. musculus T. gondii T. brucei References
Molecular mass (kDa) 86.4 50–54 14 90 [41, 46]
𝐾
𝑚
-value of L-ornithine (𝜇M) 47.3 30–200 — 161 [41, 47, 48]
𝐾
𝑖
-value of putrescine (𝜇M) 50.4 600 0.92 — [41, 49]
𝐾
𝑖
-value of DFMO (𝜇M) 87.6 39 0.025 220 [41, 50, 51]
𝐾
𝑖
-value of CGP52622A (nM) 20.4 — — — [41]
𝐾
𝑖
-value of CGP54619A (nM) 7.9 — — — [41]

IC50-value of putrescine (𝜇M) 157 — — — [41]
IC50-value of CGP52622A (nM) 63.5 25 — — [41]
IC50-value of CGP54619A (nM) 25 10 — — [41]
∗Data derived from the rPf hinge-ODC [41].

attention has been drawn on the plasmodial AspAT (PDB
code 3K7Y) which possesses a N-terminal-extended region
that is required for the dimerisation process (Figure 3) [37].
This was already used for binding of the N-terminal AspAT
peptide to the N-terminal protein domain of the other
PfAspAT monomer which prevents the formation of the
homodimer. Interestingly, the plasmodial N-terminal region
differs significantly from its human counterpart, so that
the plasmodial peptide did not affect the human AspAT
[37]. Furthermore, activity assays using P. falciparum pro-
tein extracts and the recombinantly expressed N-terminal
PfAspAT peptide have been performed which prevented
AspAT activity suggesting that the malaria parasite possesses

no other enzyme that can compensate for the respective
catalysis [37, 89].

5. Serine Hydroxymethyltransferase (SHMT)

As mentioned before, the folate metabolism in P. falciparum
is a verified drug target and enzymatic reactions catalysed, for
example, by the dihydrofolate reductase (DHFR) are already
exploited by the classic antimalarials pyrimethamine and
cycloguanil [90]. Another enzymatic step within the folate
metabolism is carried out by the serine hydroxymethyltrans-
ferase (SHMT), catalysing the transfer of one-carbon units
from serine to tetrahydrofolate to generate 5,10-methylene
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Figure 4: Model of the plasmodial SHMT and their active site residues. (a) Homology model of the SHMT of P. falciparum highlighting the
three major domains: N-terminal (green), the core and active site (blue), and the C-terminal domain (orange). (b) The conserved residues
Asp208, His211, Thr234, His236 and the Plasmodium-specificThr183 residue are illustrated within the active site of the Pf SHMT as well as its
embedded cofactor. Chemical structures of validated inhibitors of the folate metabolism (c) WR99210 and (d) pyrimethamine.

tetrahydrofolate and glycine; this 𝛼-elimination catalysis is
PLP-dependent, thereby belonging to the subgroup I [91].

The folate metabolism is of particular interest because it
is involved in the pyrimidine biosynthesis which is required
for the DNA synthesis. Since the SHMT is part of the folate
metabolism, its transcription profile is increased in the S-
phase of the DNA replication [92]. Due to the importance
of this enzyme, SHMT is considered as a potential drug
target in cancer research [93, 94]. In this sense, inhibitors
against tumour cells have already been developed, which
are intended to mimic nucleosides in order to be subse-
quently incorporated into the DNA, thereby leading to its
fragmentation [95]. The SHMT of P. falciparum has been
analysed for its functionality by complementation assays
in Escherichia coli [96]. Moreover, activity assays using the
recombinantly expressed Pf SHMT showed that the enzyme
accepts in addition to the natural substrate—unlike its mam-
mal counterpart—D-serine. This lack of stereospecificity
has also been observed for the respective P. vivax enzyme
[97]. Further, the plasmodial enzyme can be also inhibited
competitively by glycine and serine [34].

Since the substrates of SHMT and DHFR are structurally
similar (Figure 4), pyrimethamine, a potent inhibitor of the
plasmodial DHFR, has also been tested on the recombinant
SHMT, however, only with a marginal effect (IC

50
-value in

the midmicromolar range) [35]. The comparison between
the active site of the human enzyme and the plasmodial one
showed a high degree of similarity as illustrated in Figure 4
[98], but, in contrast to themammalian SHMT, which reveals
a homotetrameric structure, the structural conformation
of the plasmodial protein pointed towards a homodimeric
appearance due to the lack of amino acid residues proposed to
be involved in tetramerisation (like the His 135 and a poly-K
sequence within the N-terminal domain) [98].

Despite all the similarities between the human and
the malaria SHMT, the plasmodial enzyme possesses some
peculiarities in the regulation of the folate metabolism such
as binding to its own RNA [35], thus inhibiting protein
translation [99].

Recently, a second open reading frame encoding for a
potential mitochondrial SHMT (PF14 0534, mSHMT) has
been identified in P. falciparum. However, in comparison to
other SHMTs, the active site of the plasmodial mSHMT does
not reveal preserved amino acid residues [35, 100].

6. Druggable PLP-Dependent Enzymes in
the Malaria Vector

Within the life cycle of P. falciparum, the necessity of PLP-
dependent enzymes is not only restricted to the parasite. In
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order to complete its life cycle, sexual forms of the parasite
have to be taken up via the blood meal of the Anopheles
vector to enter the mosquito gut [3]. Subsequently, the
gametogenesis is induced in the mosquito stage by Anopheles
derived triggers [101]. One of these molecules, that has been
described to play a role in this event, is xanthurenic acid
(XA) [101]. XA is generated by a transamination reaction
of 3-hydroxykynurenine (3-HK) which is catalysed by the
PLP-dependent A. gambiae 3-HK transaminase (AgHKT),
an enzyme classified to the subgroup I. This reaction is
necessary to prevent accumulation of the 3-HK, which
can become a toxic molecule if it undergoes spontaneous
oxidation and thereby generates ROS [45, 101]. The three-
dimensional structure of the recombinantAgHKTwas solved
as a homodimer with a PLP molecule located in its active site
[58, 86]. Currently, there are no inhibitors known to target
the AgHKT, although structural information would enable
in silico based drug-design [45]. Selective interference with
the mosquito HKT would prevent the synthesis of XA and
thereby offers the opportunity to block the life cycle of the
malaria parasite in the mosquito stage.

7. Conclusion

Although the mortality of malaria infections is declining, the
disease, of which malaria tropica (caused by P. falciparum)
is the most fatal form, belongs still to the most important
infectious disease to man. Due to the increasing level of
resistance against the current chemotherapeutics, there is
an urgent need to discover novel drugs which should have
the ability to selectively interfere with the proliferation of
this human pathogen. In this sense, the unique plasmodial
cofactor metabolism becomes an attractive drug target due
to the variety of cofactor-dependent enzymes. In particu-
lar, PLP-dependent enzymes are widely distributed in the
metabolism of P. falciparum and responsible for plenty of
essential catalyses such as the reactions carried out by the
ODC, AspAT, or SHMT as outlined in this minireview.
Hence, drug discovery towards inhibition of cofactor-binding
would not only target single enzymes; moreover, the entire
family of PLP-dependent proteins would be affected. This
would certainly lead to the death of the parasite. However, the
respective PLP-dependent host enzymes have to be taken into
account. Therefore, the selective impairment of the malaria
specific vitamin B6 biosynthesis should be considered.
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The pyridoxal 5󸀠-phosphate (PLP)-dependent enzyme serine palmitoyltransferase (SPT) catalyses the first step of de novo
sphingolipid biosynthesis. The core human enzyme is a membrane-bound heterodimer composed of two subunits (hLCB1 and
hLCB2a/b), and mutations in both hLCB1 (e.g., C133W and C133Y) and hLCB2a (e.g., V359M, G382V, and I504F) have been
identified in patients with hereditary sensory and autonomic neuropathy type I (HSAN1), an inherited disorder that affects sensory
and autonomic neurons. These mutations result in substrate promiscuity, leading to formation of neurotoxic deoxysphingolipids
found in affected individuals. Here we measure the activities of the hLCB2a mutants in the presence of ssSPTa and ssSPTb and
find that all decrease enzyme activity. High resolution structural data of the homodimeric SPT enzyme from the bacterium
Sphingomonas paucimobilis (Sp SPT) provides a model to understand the impact of the hLCB2a mutations on the mechanism of
SPT.The three human hLCB2a HSAN1 mutations map onto Sp SPT (V246M, G268V, and G385F), and these mutant mimics reveal
that the amino acid changes have varying impacts; they perturb the PLP cofactor binding, reduce the affinity for both substrates,
decrease the enzyme activity, and, in the most severe case, cause the protein to be expressed in an insoluble form.

1. Introduction

Sphingolipids (SLs) are membrane components found in all
eukaryotes, some prokaryotes, and viruses. SLs and their
downstream metabolites (such as ceramide) play important
roles in mediating cell-stress response and cell proliferation
and in regulating the cell cycle and apoptosis [1–3]. Deficien-
cies in SLmetabolismhave been implicated in several diseases
that include cancer and diabetes, as well as neurodegenerative
disorders such as Alzheimer’s [4, 5]. The first enzyme of the

de novo sphingolipid biosynthetic pathway present in all SL-
producing organisms is the pyridoxal 5󸀠-phosphate- (PLP-)
dependent serine palmitoyltransferase ((SPT) EC 2.3.1.50)
[6]. It catalyses the condensation of L-serine with palmitoyl
coenzyme-A to generate 3-ketodehydrosphinganine (KDS)
that forms the sphingoid base backbone of all SLs. The 3D
structure of the soluble, homodimeric SPT from the SL-
producing organism S. paucimobilis (Sp SPT) was published
by our group in 2007. It is a member of the PLP superfamily
(fold type I) and contains three domains: N-terminal, central,
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and C-terminal [7]. Based on extensive structural and bio-
chemical analyses of this enzyme, a working SPTmechanism
involves the formation of a number of key intermediates
(Figure 1) [7]. An initial PLP-bound internal aldimine (cova-
lently attached to Lys265) is displaced by L-serine to generate
a PLP:L-serine external aldimine. Binding of the C16 acyl-
CoA thioester allows formation of a carbanion/quinonoid
nucleophile by deprotonation of the external aldimine. After
Claisen-like condensation, a 𝛽-keto acid is formed which
subsequently loses CO

2
to generate a PLP:KDS product

aldimine which is then released from the enzyme, and the
SPT returns to its PLP-bound internal aldimine form.We and
others have investigated the catalytic roles of conserved active
site SPT residues in this mechanism [8–11].

Eukaryotic SPT is a membrane-bound enzyme which
contains two core subunits, LCB1 and LCB2 in yeast [12–14]
and SPTLC1 and SPTLC2/3 in mammals [15–17]. For clarity
we have adopted the nomenclature hLCB1, hLCB2a/b for
the human subunits [18]. The hLCB1 and hLCB2 subunits
display relatively high sequence homology to each other, but
a comparison with other PLP-binding enzymes revealed that
only the hLCB2a contains key catalytic residues including
the lysine that binds PLP [19, 20]. In contrast, hLCB1 lacks
these residues but contains other residues predicted to be
involved in catalysis leading to the working hypothesis that
the hLCB1/hLCB2a heterodimer has a single active site.
Hornemann and colleagues suggested that the eukaryotic
SPT may in fact be a higher order complex [21], and indeed
recent results lend weight to that hypothesis. Also, the same
group recently identified a second hLCB2 isoform, hLCB2b,
also known as SPTLC3with 68% sequence identity to hLCB2a
that is predominantly expressed in the placenta and prefers
shorter chain acyl-CoAs (C12 and C14) to generate short-
chain SLs [22]. We identified two highly-related isoforms
of a third “small subunit” in humans (ssSPTa and ssSPTb)
which were shown to be crucial for maximal enzyme activity
[18]. These are functionally orthologous to a previously-
characterised small subunit (Tsc3p) discovered in yeast [23].
These ssSPTs can increase the catalytic activity of the hLCB1/
hLCB2 complex up to 100 fold, and also influence the chain-
length specificity of the acyl-CoA substrate, and, thus, impact
directly on the concentrations and chemical nature of the
SL pool. This complexity was further increased by the recent
discovery of other components of a so-called SPOTS complex
in yeast that is composed of LCB1/LCB2/Tsc3p, an ORM
protein(s), and a phosphoinositide phosphatase, Sac1 [24, 25].
These ORM and Sac1 components are thought to play a role
in modulating SPT activity and flux through the SL pathway
by a phosphorylation-dependent mechanism [25–28].

Since SLs and ceramides are essential elements of cellular
membranes that also play important roles in cell signalling,
homozygous LCB1/LCB2 mutations that cause complete loss
of SPT activity would be assumed to be lethal. However, there
are very rare gain-of-function SPT mutations that have been
identified and their genetic lineage has been studied [29–33].
These SPTmutations lead to hereditary sensory neuropathies
(HSAN1) whose clinical outcomes include progressive distal
sensory loss and severe ulcerations of the limbs. What causes
the neuronal breakdown has been the subject of interesting

debate. As well having an impact on the basal SPT activity, a
new hypothesis suggests that the SPT mutations associated
with HSAN1 lead to an enzyme lacking exquisite substrate
specificity for L-serine. Penno and colleagues discovered
that tissue from HSAN1 patients contains high levels of L-
alanine and glycine-derived deoxy-SLs that have been shown
to be toxic to HEK293 cells [32]. Four missense mutations in
the hLCB1 subunit associated with HSAN1 (C133W, C133Y,
V144D, and G387A) were among the first to be identified
(Table 1) and have shown to have a negative effect on the
SPT enzyme and sphingolipid production [29, 30, 34, 35].
Another mutation at residue C133 (C133R) was identified
in a patient with a mild phenotype, but its impact on SPT
activity has not been characterized [36]. The multisubunit,
membrane-bound nature of the eukaryotic SPT has pre-
vented a detailed structural and mechanistic analysis of the
impact of the HSAN1 causing mutations on the enzyme.
To gain insight into and explore the molecular basis of the
HSAN1 genotype we have used the Sp SPT isoform as amodel
system. Both cysteine mutations were previously engineered
into the Sp SPT (as N100W and N100Y) in our group
[10]. These mutations result in a compromised SPT enzyme,
severely impacting PLP binding, reducing affinity for the L-
serine substrate, and causing catastrophic effects on catalytic
activity. More recently, two more hLCB1 mutations (S331F
and A352V) were identified. The S331F mutation resulted in
symptoms far more severe than those associated with the
more common HSAN1 mutations. Furthermore, a second
mutation at amino acid position Ser331 (S331Y) is linked to
a distinct syndrome phenotype [37, 38]. Interestingly, for the
first time, three different mutations (V359M, G382V, and
I504F) were recently identified in the hLCB2a subunit by
Rotthier et al. [39]. They found that each mutation lowered
the activity of the hLCB1/hLCB2a heterodimer and was also
able to generate varying levels of deoxy-SLs. This group also
modelled the three hLCB2a mutations onto the bacterial Sp
SPT (V246M, G268V, and G385F) paving the way for the
biochemical analysis that we describe here (Figure 2). In this
report, we have studied the influence of the human small
subunits on the activity of the HSAN1 hLCB2a mutations. As
well as this, we have also characterised the bacterial mutant
mimics using enzyme kinetics, spectroscopy, and molecular
modelling to provide insight into the impact they have onPLP
cofactor binding, catalytic activity, and/or substrate binding.

2. Materials and Methods

2.1. Chemicals and Molecular Biology Materials. Plasmids
and competent cells were purchased from Novagen. All
buffers and reagents were from Sigma. Palmitoyl-CoA was
purchased from Avanti Lipids.

2.2. Methods
2.2.1. Analysis of Human SPT Wild Type and HSAN1 Mutant
Activity in the Presence of the ssSPTa and ssSPTb Subunits.
The construction of yeast mutant strains lacking lcb1, lcb2,
and tsc3 was described previously [18, 31]. Yeast microsomes
were prepared, and expression of recombinant human forms
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Table 1: Overview of currently known hLCB1 and hLCB2a HSAN1 related mutations.

Mutant Sp SPT residue Location in Sp SPT Clinical features Reference
hSPT1

C133Y N100 Active site Sensory neuropathy, ulceromutilations,
and lancinating pains. [29, 30]

C133W N100 Active site Sensory neuropathy, ulceromutilations,
and lancinating pains. [29, 30]

C133R N100 Active site Sensory neuropathy. [36]

V144D D121 Surface exposed Sensory neuropathy, ulceromutilations,
and lancinating pains. [30]

S331F H278 Surface exposed
Ulcerations, mental retardation,
hypotonia, severe growth and mental
retardation, vocal cord paralysis, and
gastroesophageal reflux.

[33, 37]

S331Y H278 Surface exposed As S331F. [38]

A352V S308 Not surface exposed Sensory neuropathy, ulceromutilations,
and lancinating pains. [33, 37]

G387A E343 Surface exposed No disease associated. [40, 41]
hSPT2

V359M V246 Not surface exposed Sensory neuropathy, ulceromutilations. [39]
G382V G268 Active Site Sensory neuropathy, ulceromutilations. [39]

I504F G385 Surface exposed Sensory neuropathy, ulcerations,
osteomyelitis, and anhidrosis. [39]

A182P T79 Not surface exposed Sensory neuropathy. [42]
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Figure 1: Proposed SPT mechanism. (a) Transamination of internal aldimine by incoming L-serine to form PLP-L-serine external aldimine
intermediate; (b) binding of palmitoyl-CoA causes conformational change and deprotonation of external aldimine by Lys265 to form
quinonoid/carbanion intermediate; (c) quinonoid/carbanion attack of the thioester; (d) formation of 𝛽-keto acid and CoASH release; (e)
release of CO

2
to formKDS product quinonoid; (f) reprotonation of KDS; (g) transamination to release KDS and restore the internal aldimine

with PLP-bound to Lys265.
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Figure 2: High resolution structure of Sp SPT homodimer PLP-L-
serine external aldimine showing the position of the three hLCB2a
HSAN1 related mutations (PDB:2W8J). Each monomer is coloured
(red and yellow). Sequence alignment of bacterial Sp SPT (Uniprot
code: Q93UV0) with bacterial Sw SPT (Uniprot code: A5VD79) and
human hLCB2a (Uniprot code: O15270). The key catalytic lysine
residue (K265) involved in the formation of the internal aldimine
is coloured red, and the HSAN1 mutant mimics (V246M, G268V,
and G385F) are coloured cyan.

of each subunit, hLCB1, hLCB2a, ssSPTa, or ssSPTb, was visu-
alised by immunoblotting using antibodies directed against
hLCB1, hLCB2a, and the HA epitope as previously described
[18]. Yeastmicrosomal SPT activity was assayed bymeasuring
[3H] serine incorporation into long chain bases as previously
described [18].

2.2.2. Bacterial SPT Gene Cloning andMutagenesis. Theplas-
mid (pET 28a/Sp SPT) that we use to express S. paucimobilis
SPT in E. coli was available at the start of this study and
contains a six-histidine tag at the C-terminus [10]. This was
used as a template, and all HSAN1 mutations were made
using the Liu and Naismith [43] mutagenesis protocol with
the following primers:

5󸀠CGGCATGTACGAGGCGCAAG 3󸀠 (V246M for-
ward)
5󸀠TCGTACATGCCGCGCCCGTTG 3󸀠 (V246M
reverse)

5󸀠GGTCGTCACAGTCGGCGGCTTC 3󸀠 (G268V
forward)
5󸀠ACTGTGACGACCGATTTGGAG 3󸀠 (G268V
reverse)

5󸀠CGGCCTTCACCTTCCTGCTG 3󸀠 (G385F for-
ward)
5󸀠AAGGTGAAGGCCGGGGTC 3󸀠 (G385F reverse).

The bases mutated are shown in bold and italic. The isolated
mutants were verified by DNA sequencing and mass spec-
trometry analysis of the purified enzyme.

2.2.3. Cloning and Expression of Sphingomonas paucimo-
bilis SPT (Sp SPT) and HSAN1 Mutant Mimics. The Sp
SPT enzyme was prepared as previously described [10].
A single colony pET28a Sp SPT was grown overnight at
37∘C in LB selected with kanamycin (30 𝜇g/mL) using E.
coli BL21 (DE3) cells. The culture was diluted 1 : 100 into
fresh LB/kanamycin solution and grown to an OD

600
of

0.6. Expression was induced with the addition of 0.1mM
isopropyl-𝛽-D-1-thiogalactopyranoside (IPTG) and grown at
30∘C, 200 rpm. Harvested cells were resuspended in lysis
buffer, 20mM potassium phosphate, pH 7.5, 150mM NaCl,
10mM imidazole, 25 𝜇M PLP, and a protease inhibitor cock-
tail (Roche). Cells were lysed by sonication on ice (Soniprep
150, 15 cycles of 30 seconds on followed by 30 seconds off).
The lysate was centrifuged for 25 minutes at 16,000 rpm.
The resulting supernatant was incubatedwith preequilibrated
Ni resin (Ni-NTA Superflow, Qiagen) for 1 hour at 4∘C.
The protein eluted with 300mM imidazole and was further
purified by gel filtration (S200 HR, GE Healthcare) using
20mM potassium phosphate, pH 7.5, 150mM NaCl, and
25 𝜇M PLP buffer.

2.2.4. Spectroscopic and Kinetic Measurements of Bacterial
SPTs. All UV-visible spectra were recorded on Cary 50 UV-
visible spectrophotometer (Varian) and analysed using Cary
WinUV software (Varian). Prior to all UV-visible spectro-
scopies and assays, SPT was dialysed against fresh buffers
containing 250 𝜇M PLP to ensure that the enzyme was in
the PLP bound, holoform. Excess PLP was removed on a
PD-10 (SephadexG-25M) desalting column (GEHealthcare).
For UV-visible assays the concentration of enzyme was
40 𝜇M, and the spectrophotometer was blanked with 20mM
potassium phosphate (pH 7.5) containing 150mM NaCl at
25∘C.Quartz cuvettes fromNSGPrecisionCells, Type 18-BM,
with a light path of 10mm and a sample volume of 500𝜇L
were used, and the spectra were collected from 800 nm to
200 nm.The release of CoASH fromC16-CoASHduringKDS
formation was used to measure SPT activity as previously
described [10]. Assays were performed on a 200𝜇L scale on a
96-well format in a Biotek Synergy HT plate reader. Kinetic
constants were calculated using Michaelis-Menten kinetics
and using GraphPad Prism 6 software.

2.2.5. Bacterial SPT Enzyme Activity by Measuring KDS For-
mation. SPT activity was also monitored by incorporation of
[14C] L-serine into [14C]-KDS by a modification of a pub-
lished method [10]. A final enzyme concentration of 25𝜇M
SPT (in 20mM potassium phosphate buffer, pH 7.5, and
150mM NaCl) was incubated with 20mM U-14C L-serine
(7400 Bq, 0.2 𝜇Ci, PerkinElmer) and 250 𝜇M palmitoyl-CoA
in a final volume of 1mL. The reaction was incubated at
37∘C for 20 minutes, and then the reaction was quenched
by the addition of NH

4
OH (final concentration 0.4M). This

was then extracted with an equal volume of CHCl
3
: CH
3
OH

(2 : 1, v : v). The sample was centrifuged at 13,000 rpm for 5
minutes, and the aqueous phase was discarded. The organic
phase was left to evaporate at 50∘C.The resulting lipid residue
was resuspended in 15𝜇L of CHCl

3
: CH
3
OH (2 : 1, v : v) and
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spotted onto a Silica Gel 60 F
254

TLC plate. Separation was
carried out with a mobile phase of CHCl

3
: CH
3
OH (2 : 1,

v : v). The TLC plate was scanned with an AR-2000 imaging
scanner and [14C]-labelled products quantified using the
Laura 4 software (LabLogic).

2.2.6. Determination of Dissociation Constants, Substrate
and Product Quinonoid Detection, and SPT Activity Assays.
Binding assays typically contained 40 𝜇M enzyme in 20mM
potassium phosphate (pH 7.5). Varying amounts of L-serine
(0–40mM) were added, and after addition of the substrate,
the reaction mixture was allowed to equilibrate for 15min at
25∘C.The𝐾

𝑑
values were calculated fromplots ofΔ425 versus

L-serine concentrations by fitting to a hyperbolic saturation
curve using Sigma Plot software

Δ𝐴obs =
Δ𝐴max [serine]
𝐾
𝑑
+ [serine]

, (1)

where Δ𝐴obs represents the observed change in absorbance
at 425 nm, Δ𝐴max is the maximal absorbance change, [ser-
ine] represents L-serine concentration, and the 𝐾

𝑑
is the

dissociation constant. Also, the formation of the quinonoid
intermediate was followed. In this case, 50mM L-serine and
1.5mM S-(2-oxoheptadecyl)-CoA were mixed to the enzyme
(40 𝜇M) [10, 32], and the reactants were allowed to equilibrate
for 15min at 25∘C (data not shown).

3. Results

3.1. Enzymatic Activity of Wild Type and HSAN1 hLCB2a
Mutant SPT. In the report of the hLCB2a-causing HSAN1
mutants (V359M, G382V, and I504F), Rotthier et al.
expressed mutant hLCB2a subunits in human embryonic
kidney (HEK 293) cells and measured microsomal SPT
activity [39]. They noted that each mutation reduced enzyme
activity (above background) by different amounts (∼40–
100% activity) compared with wild type. In 2009, Han and
colleagues discovered small subunits of SPT (ssSPTa and
ssSPTb) that when coexpressed with hLCB1 and hLCBa
increased human SPT activity by 50–100-fold [18]. These
small subunit activators appear to play the same role as
the small yeast protein Tsc3p also discovered by Gable and
colleagues nearly ten years earlier [23]. To investigate the
effect of the small subunits on the new HSAN1-associated
hLCB2a mutants, we expressed each of the human mutant
genes in yeast cells which had had the endogenous sub-
units of SPT knocked out. This strain, which completely
lacks SPT activity, is not viable unless supplemented with a
long chain base or a competent, active SPT complex. The
yeastmicrosomes expressingwild-type hLCB1/hLCB2a in the
absence of either small subunit displayed very low activity (<5
pmoles serine incorporated/min/mg protein) as predicted
(Figure 3). Similarly, coexpression of each of the threeHSAN1
hLCB2a mutants (V359M, G382V, and I504F) along with
hLCB1 resulted in low activity, with G382V barely detectable
above backgroundmirroring the results reported by Rotthier
and colleagues. Their activity values are in CPM (14C)/𝜇g
protein so they are difficult to be compared with ours in
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Figure 3: SPT activity in yeast microsomes expressing hLCB1 (h1)
+ hLCB2a (h2a, wt, or HSAN1 mutants) in the presence or absence
of the small subunits ssSPTa (ssa) or ssSPTb (ssb).

absolute terms. When we coexpressed wild-type hLCB1 and
hLCB2a in the presence of either ssSPTa or ssSPTb, the
activity was indeed increased by 50–100-fold. Heterodimers
containing the V359M and G382V mutant hLCB2a subunits
were similarly activated by ssSPTa. In contrast heterodimers
containing the I504 mutant hLCB2a subunit were activated
to a lesser extent. When ssSPTb was expressed, heterodimers
containing the G382V and I504F mutant hLCB2a subunits
were activated to the same extent as wild-type heterodimers,
but heterodimers containing theV359Mmutant subunit were
less well activated. Our interpretation of these data is that
each of the new hLCB2a mutants had a small impact on SPT
activity and that each mutant enzyme is still activated by the
presence of the activating small subunits. The small impact
of these new mutants is in contrast to the C133W, C133Y,
and V144D mutations in hLCB1 but is similar to what was
observed in the recently reported S331F mutation in hLCB1
[44].

3.2. Expression and Purification of HSAN1 hLCB2a Mutant
Mimics. The three hLCB2a mutations that cause HSAN1
were individually introduced into the Sp SPT gene sequence
(Figure 2), and the three mutant proteins were expressed
using established protocols [10]. Two of the three mutants
(Sp SPT V246M and G385F) were soluble. In contrast,
the G268V mutant was found to be insoluble, and several
attempts were made to improve the solubility of the protein
(such as changing expression cell lines, induction at lower
temperature, and different IPTG concentrations (data not
shown)); however the majority of the protein remained in
the cell pellet suggesting that this particular HSAN1 hLCB2a
mutation leads to substantial protein misfolding of the
bacterial mimic. The other two mutants (Sp SPT V246M and
G385F) were obtained in milligram quantities and purified
via nickel affinity chromatography as previously described for
the wild-type SPT [10]. Both V246M and G385F behaved as
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dimers by size exclusion chromatography (molecular weights
∼90 kDa) and displayed elution profiles similar to wild-type
SPT (data not shown).

3.3. Spectroscopic Properties of WT SPT and HSAN1 Mutant
Mimics. Formation and breakdown of many of the interme-
diateswithin the SPTmechanism (Figure 1) can bemonitored
by UV-visible spectroscopy due to the yellow colour of the
PLP-bound enzyme. Initial analysis of the Sp SPT V246M
(Figure 4(b)) and G385F (Figure 4(c)) by UV-visible spec-
troscopy revealed that both HSAN1 mutants display spectra
similar to wild-type SPT, with two absorbance maxima at
around 335 and 420 nm (Figure 4(a)).These peaks are charac-
teristic of the holo-, PLP-bound internal aldimine form of the
enzyme, arising from the two tautomeric forms (enolimine
and ketoenamine resp.) of PLP. These results confirm that
both mutants were purified with the PLP cofactor covalently
bound in the enzyme active site as an imine to Lys265.
However, on closer inspection it is clear that there are subtle
differences in the spectral profile of SPT G385F compared
with the wild-type enzyme. In contrast to the wild-type SPT,
the UV-visible spectrum of SPT G385F shows a significant
blue shift with maximum absorbance values of 330 nm and
410 nm (Figure 4(c)). This suggests that mutation at position
385 has had an impact on the way the PLP cofactor binds at
the active site.

The internal aldimine/PLP-bound form of SPT can be
displaced with increasing concentrations of the substrate
L-serine to form a SPT:PLP-L-serine external aldimine
which can be easily monitored by observing the change in
absorbance at 425 nm.Analysis of thewild-type SPT andboth
mutants led to the determination of the apparent L-serine
dissociation constants (𝐾

𝑑

ser, Table 2). Binding studies were
also carried out with L-alanine and glycine (data not shown).
At physiological concentrations, L-serine was able to form
the external aldimine in wild type and both mutant forms of
SPT. Wild-type SPT binds L-serine with a𝐾

𝑑

ser of 1.1mM (as
obtained previously, Raman et al. [10]), and a similar 𝐾

𝑑

ser

value of 1.5mM was obtained for the V246M mutant. This
analysis supports the initial observation (based onUV-visible
data) that PLP is bound in the same environment as that
of the wild-type enzyme. In contrast, a 𝐾

𝑑

ser of 4.7mM was
obtained for mutant G385F, a ∼4-fold increase in comparison
to the wild-type SPT, suggesting that this mutation has had
some impact on both PLP and substrate binding. We have
shown previously that the wild-type bacterial SPT is unable
to use glycine or L-alanine as substrates to allow formation of
deoxy-SLs to appreciable levels, and neither the V246M nor
G385Fmutant binds to L-alanine or glycine (data not shown).

3.4. Kinetic Analysis and KDS Formation of SPT WT and
HSAN1 Mutant Mimics. In order to ascertain the effect that
each of the HSAN1 hLCB2a mutant mimics has on enzyme
catalysis, Michaelis-Menten kinetic analyses were performed
for the wild-type V246M and G385F enzymes using a
DTNB assay that monitors formation of the CoASH product
(Figure 1). The wild-type SPT bound L-serine and palmitoyl-
CoA (C16-CoA) with 𝐾

𝑚
values of 1.6mM and 35.6 𝜇M,

respectively (Table 2). The enzyme turned over with a 𝑘cat of
1.14 s−1 and efficiency (𝑘cat/𝐾𝑚) of 712M

−1s−1 for L-serine and
32022M−1s−1 for the acyl-CoA—all in good agreement with
published values [10]. In contrast, wemeasured lower 𝑘cat/𝐾𝑚
values of 176 and 136M−1s−1 for L-serine (4- and 5-fold) and
3437 and 7854M−1s−1 for C16-CoA (9- and 4-fold lower) and
for the V246M and G385F mutants, respectively (Table 2). In
addition, we monitored product KDS formation directly by
using incorporation of 14C L-serine. Both mutants were less
active and displayed 84% (V246Mmutant) and 15% (G385F)
KDS production relative to the wild-type SPT enzyme.

3.5. Substrate Quinonoid Formation in SPT WT and HSAN1
Mutants. The ability of the wild-type enzyme and mutants
to generate a key carbanion/quinonoid species was tested
using the C16-CoA thioether analogue, S-(2-oxoheptadecyl)-
CoA. Addition of the analogue to the PLP-L-serine external
aldimine form of the wild-type SPT led to the appearance
of a peak at ∼495 nm which is thought to be the substrate
quinonoid [45]. Under the same conditions, both V246M
and G385F generate a quinonoid peak confirming that these
mutants can catalyse formation of this key intermediate (data
not shown).

3.6. Modelling the Structural Impact of HSAN1 Mutations.
Unfortunately, neither of the SPT V246M nor G385F HSAN1
mutant mimics crystallised (under the same conditions as
wild type [7, 10] or by screening for new conditions).
Therefore, to rationalise the impact that each of the HSAN1
hLCB2a mutations has on the structures of these altered
enzymes, modelling was carried out based upon the crystal
structure of holo-SPT (PDB:2JG2) [7] and the SPT:PLP-
L-serine external aldimine complex (PDB:2W8J) [10]. It is
worth noting that the PLP-binding site is at the subunit
interface between the two monomers, and the active site
is formed by residues from both subunits. We used the
“mutagenesis” tool within PyMol [46] to replace the wild-
type side chain with each mutant side chain and applied the
default conformational constraints to produce a structural
model. We chose to highlight interactions that were within
5 Å of eachmutant residue of interest.The amide backbone of
G268 makes polar contacts with the side chain of S97 and the
backbone of F263 and most importantly the backbone of the
crucial K265 residue involved in PLP binding (Figure 5). The
model predicts that these polar contacts to S97 and F263 are
maintained after inclusion of the isopropyl side chain of the
G268V mutant; however, it loses the polar contact with the
K265 residue. In addition to this, several new interactions are
predicted to occur within 5 Å of the V268 mutant side chain
in comparison to G268. The most interesting/important of
these is the additional contact made with the backbone of
M78 (from the same subunit) that leads to a severe steric
clash with the side chain of V268. This interaction is not
present in the wild-type structure and suggests that the bulky
hydrophobic valine residue cannot be accommodated at this
position. This structural change may well be the cause of the
observed detrimental effect on protein solubility.

Position G385 is shown to be on the surface of SPT and
solvent exposed (Figure 6). Mutation of this residue to F385
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Figure 4: UV-visible analysis of Sp SPT wild-type and mutant mimics. Absorbance spectra of (a) Sp SPT wild type, (b) SPT V246M, and
(c) SPT G385F. In the wild-type spectrum (a), the enolimine (335 nm) and ketoenamine (420 nm) forms of the external aldimine are shown.
The solid line in each spectrum is the holoform of the enzyme (40 𝜇M SPT, 20mM potassium phosphate buffer (pH 7.5), and 150mM NaCl,
25∘C). Increasing concentrations of L-serine were added (0, 0.5, 1, 2, 5, 10, 20, and 40mM; dotted and dashed lines), and the spectrum was
recorded after 15 minutes.

may result in this hydrophobic side chain preferring a buried
hydrophobic pocket. G385 resides in an important, con-
served SPT motif 379-PPATPAGTFLLR-390 that is known
to undergo conformational change during the catalytic cycle.

Residue R378 is known to bind the carboxylate of the L-serine
substrate in the PLP-L-serine external aldimine complex
and to do so undergoes large movement brought about by
the structural changes of the PPATP loop [10]. Mutation
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Figure 5: Structural models of the HSAN1 mutant mimic Sp SPT G268V using the Sp SPT PLP-L-serine external aldimine structure
(PDB:2W8J). (a) Wild-type Sp SPT highlighting interactions within 5 Å of G268. (b) Mutated residue Val 268 showing new interactions
within 5 Å. The models and figures were generated using PyMol software.
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Figure 6: Structural models of HSAN1 mutant mimic Sp SPT V246M mutation using the Sp SPT-L-serine external aldimine structure
(PDB:2W8J). (a) Wild-type V246. (b) Mutation of residue 246 to a methionine. Residue 246 is shown in yellow. The models and figures
were generated using PyMol software.

of R378 impacts both substrate binding and catalysis; our
model suggests that the introduction of F385 would alter
the conformational flexibility of the enzyme. This is indeed
the case since we observed a ∼5-fold decrease in efficiency
(𝑘cat/𝐾𝑚

L-ser) of the G385F mutant compared with wild type
(Table 2).

The side chain of residue V246 is in a hydrophobic
pocket in close proximity to F239 and V204, and the amide
backbone makes polar contacts with the side chain of E232
and the backbone amides of A249 and Q250 (Figure 7). In
the model, mutation of this residue to a methionine does not
cause any severe alterations or clashes, and the M246 side
chain is accommodated in the same pocket. Nevertheless,
this mutation does have some impact on the palmitoyl-CoA

binding by reducing the 𝐾
𝑚
by ∼4-fold and (𝑘cat/𝐾𝑚

PCoA)
approximately by 9-fold.

4. Discussion

HSANs are a rare group of disorders of the peripheral nervous
system (PNS) [47]. They arise through a series of diverse
genetic mutations and present a broad range of clinical
symptoms. Overall, HSANs lead to neurodegeneration of the
PNS, and the current working hypothesis is that HSAN1
is caused by mutations in subunits of SPT that impact the
structure and function of the enzyme [29–31, 34, 48]. An
appreciation of the complexity of the eukaryotic SPT enzyme
has increased over the past 4-5 years with the identification of
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Figure 7: Structural models of the Sp SPT G385F mutant mimic. (a) Sp SPT holostructure (PDB:2JG2) and the L-serine external aldimine
structure (PDB:2W8J). Residues from monomer one are shown in white, residues from monomer two are shown in teal, the PLP cofactor is
shown in green, and the mutated glycine to phenylalanine residue is shown in yellow. The models and figures were generated using PyMol
software.

Table 2: Kinetic parameters of wild-type Sp SPT and mutants.

Enzyme 𝑘cat × 10
−2

(s−1)
𝐾

L-ser
𝑚

(mM)
𝐾

PCoA
𝑚

(𝜇M)
𝑘cat/𝐾

L-ser
𝑚

(M−1 s−1)
𝑘cat/𝐾

PCoA
𝑚

(M−1 s−1)
𝐾

L-ser
𝑑

(mM)
SPTWT 114 ± 2.0 1.6 ± 0.09 35.6 ± 2.0 712 32022 1.1 ± 0.1

SPT V246M 44 ± 1.2 2.5 ± 0.2 128.0 ± 10.0 176 3437 1.5 ± 0.1

SPT G385F 41 ± 2.0 3.0 ± 0.5 52.2 ± 8.0 136 7854 4.7 ± 0.1

SPT G268V — — — — — —

new regulatory subunits (such as the small subunits ssSPTa
and ssSPTb and the ORMs), but at its heart it requires
the homologous subunits hLCB1 and hLCB2a which come
together to form a heterodimeric core [24–26]. It is thought
that, since hLCB2 contains residues that are conserved
amongst other PLP-binding enzymes, it is essential for the
covalent attachment of PLP and SPT catalyses, whereas
hLCB1, which lacks the conserved residues, plays important
roles in catalysis and regulation [6].Mutations that knock out
SPT activity all together are lethal emphasizing the impor-
tance of de novo SL biosynthesis. However, linkage analysis
of patients/families with HSAN1 led to the identification
of disease-causing mutations in the hLCB1 subunits of SPT
[29, 30]. More recently additional disease-causing mutations
have been found in hLCB1 [33, 36–38] as well as in the
hLCB2a subunit [39]. Importantly, it was discovered that,

while mutations such as C133W and C133Y in hLCB1 greatly-
reduced SPT activity, the pathophysiology of HSAN1 is most
probably due to a gain of function that results in the ability to
utilize alanine and/or glycine as substrates [29, 30]. Patients
with the hLCB1 C133W/C133Y mutations generate deoxy-
SLs (1-deoxy and 1-deoxymethyl) that are present in high
concentrations compared to normal individuals. This was
subsequently confirmed in mouse models of the disease [32,
49]. It is thought that these neurotoxic deoxy-SLs are built
up over time to such concentrations that they lead to nerve
damage and breakdown. Since these deoxy-SLs cannot be
phosphorylated (to sphingosine 1-phosphate (S1P)), they can-
not be degraded by the S1P lyase and accumulate in cells. The
thinking is that different HSAN1 mutant SPTs (where either
the hLCB1 or hLCB2a proteins are altered) have differing
impacts on the activity with L-serine as a substrate, but where
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there is a decrease, it is still above the threshold required
for cell survival. More importantly, these mutations have
differing influences on the promiscuity of themutant enzyme
such that it can also accept other amino acid substrates.
A discussion of this interesting model by SPT experts at a
symposium organised by a family afflicted by the disease
(Deater Symposium, Boston, April 2008) also suggested that
a potentially simple HSAN1 “cure (treatment)” would be
increasing dietary serine thereby increasing the intracellular
pool of L-serine to increase the ratio of serine/alanine thereby
reducing the synthesis of the toxic deoxy-SLs. Indeed, this
appears to be the case with the recent success of early clinical
trials of oral L-serine supplementation that reduced deoxy-SL
levels in serum and also led to an improvement in motor and
sensory performance in mice [50].

Rotthier and colleagues presented data that the new
HSAN1 hLCB2amutants (V359M, G382V, and I504F) reduce
SPT activity when expressed in HEK293 cells. They also
measured the deoxy-SL levels in HEK293 cells and the
lymphoblasts derived from HSAN1 patients carrying the
G382V and I504F mutations. In both cases deoxy-SL levels
were very high in agreement with the toxic SL hypothesis.We
also wanted to measure the impact of the small subunits on
the HSAN1 hLCB2a mutants. As well as activating basal SPT
activity, the small subunits modulate the acyl-CoA chain-
length specificity of the SPT [18].We found that coexpression
of either ssSPTa or ssSPTb increased basal activity of wild-
type heterodimers and those containing all three hLCB2a
mutants to varying degrees. In our recent paper we studied
the kinetics of SPT containing the hLCB1C133W HSAN1
mutant subunit and found that it had similar affinity for L-
serine as did wild-type SPT [31]. Surprisingly, the same was
true for L-alanine indicating that the major impact of the
C133W mutation is to enhance activation of the amino acid
substrate for condensation with the acyl-CoA substrate. A
similar kinetic analysis has not yet been done for the hLCB2a
mutants. We do not discuss the ability of these new HSAN1
mutants to use glycine and/or L-alanine as substrates here as it
requires a more detailed kinetic analysis of nine variables; the
four subunits (SPT1/2 and ssSPTa/b) with five substrates (L-
serine, glycine, L-alanine, and C14 and C16 acyl-CoAs), are
the subject of current work. However, we felt that valuable
insights would be gained by using the soluble bacterial SPT as
a model to make mutant mimics. We previously studied the
hLCB1 C133Wmutant bymapping this residue to N100 of the
S. paucimobilis SPT [10].The side chain of N100 is close to but
not in the active site of SPT, which lies at the subunit interface
of the soluble bacterial homodimer. Nevertheless, it does
contact the amide backbone of the key, conserved active site
lysine (K265) that binds the PLP as an internal aldimine, and
is also thought to act as the base that removes the proton from
C-𝛼 of L-serine (Figure 1). Replacement of N100 with either
the bulky tryptophan or tyrosine residue found inC133Wand
C133Ymight be expected to be disruptive to the structure and
activity of the homodimeric enzyme. Indeed, when we made
the N100W and N100Y mutants, we noted that PLP binding
was altered, and both the binding constants (𝑘

𝑚
) and catalytic

activities (𝑘cat) were lowered significantly compared to the

wild type. Moreover, we determined the crystal structure of
theN100Ymutant in its PLP-L-serine external aldimine form,
and a number of structural changes were observed; a key
residue (Arg378) that binds the L-serine carboxylate was in
the “swung out” conformation, the important PPATP loop
was in a twisted conformation, and the side chain of the
mutant mimic Y100 residue was now impacting the opposite
subunit. This study revealed that mutations in one subunit
can impact the overall structure and activity of the dimer and
provided us with some insights as to how HSAN1 causing
mutations may affect the human hLCB1/hLCB2a complex
[10].

Two of the three new hLCB2a HSAN1 causing mutations
(V359M and G382V) are found at residues that are strictly
conserved in LCB2s from human, mouse, fly, rat, zebra fish,
yeast, and bacterial SPT [39]. The third, I504, is less highly
conserved; in fly (Drosophilamelanogaster) it is amethionine,
and in bacterial Sp SPT enzyme it is a glycine. The HSAN1
causing mutations in hLCB2a (V359M, G382V, and I504F)
correspond to bacterial Sp SPT mutationsV246M, G268V
and G385F, respectively (Figure 2). G268 is three residues
away from the essential active site residue K265 and in the
3D structuremakes contact with the backbone of this residue.
It was not surprising that introduction of G268V resulted
in a drastic reduction in protein solubility, presumably due
to misfolding during recombinant expression. Modelling
studies reveal that this residue is also near to the side chain
of residue N100 from the opposite subunit of the homodimer
that we discussed above (Figure 5). In mutating G268 to
valine, polar contacts to the K265 residue are lost. A plausible
explanation for the misfolding of the G268V mutant is that
it disrupts the polar contacts with the key lysine residue. The
global fold of the protein could also be adversely affected by
an apparent steric clash between the side chain of valine in
position 268 and the backbone of Met78 (Figure 5(b)). In the
initial report of the holo-Sp SPT structure by Yard et al., active
site residues were identified, and G268 was also identified as
an essential active site residue which hydrogen bonds with
the backbone oxygen of K265 [7].The G268Vmodel predicts
that this H-bond is lost and is therefore not surprising that
this mutation has such a detrimental impact on the bacterial
enzyme (Figure 5(b)).

In contrast to the G268V mutant, modelling studies do
not give us clear insight as to the structural basis for the
HSAN1 phenotype in the V246M or G385F mutants. These
mutations appear to be more subtle. However, analysis of
the PLP cofactor binding and enzyme kinetics of these two
mutant mimics does provide some clue as to why these
changes would cause alterations of the hLCB2a subunit that
would lead to theHSAN1 phenotype. For the V246Mmutant,
structural models show that the V246 residue is far from
the PLP active site, and polar contacts with E232, A249, and
Q250 are retained after mutating the residue to a methionine
(Figure 6). The UV-visible spectrum of this mutant is very
similar to wild-type SPT and suggests that the PLP is bound
in a similar orientation to the wild-type enzyme (Figure 4).
The apparent 𝐾

𝑑

L-ser is unchanged by the incorporation of
the HSAN1 mutation, suggesting that, in this case, the key
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L-serine external aldimine intermediate is formed in the
same way as in the native SPT (Figure 1). However, this
mutation does have a detrimental effect on the observed
catalytic rate and efficiency, which again are 3-fold and 9-
fold lower than wild-type enzyme (Table 2). This V246M
mutant mimic also displays a significantly higher 𝐾

𝑚
for the

acyl-CoA thioester substrate, suggesting that binding of this
substrate is compromised at least subtly in this mutant. This
is useful information about a residue potentially involved in
binding the second substrate since, to date, we still do not
have a structure of the Sp SPT PLP complex with palmitoyl-
CoA bound.

In the structure of Sp SPT, residue G385 is surface-
exposed (Figure 7). For the G385F mutant it is plausible that
replacing glycine with the large, hydrophobic phenylalanine
residue may lead it to adopt an alternative conformation.
This has the potential to substantially affect the architecture
of the surrounding structure, such as the important PPATP
loop which undergoes large conformational changes during
the catalytic mechanism. However, without crystallographic
data for this mutant, it is impossible to confidently propose
any effect of a potential realignment at this position. In the
case of G385F, UV-visible analysis suggests that PLP binding
is altered and that the cofactor is in a different environment
compared to the wild-type enzyme. Furthermore, the appar-
ent 𝐾

𝑑

L-ser was ∼5 times higher for this mutant indicating
that serine binding is affected by thismutation (Table 2). Both
the catalytic rate and catalytic efficiency are also significantly
reduced (3-fold and 4-fold, resp.) demonstrating that catalysis
is also impaired.

5. Conclusion

Our results have shed light on how the three recently-
discovered HSAN1 causing hLCB2a mutants affect the SPT
complex in the presence of the activating small subunits
(ssSPTa and ssSPTb). To explore the impact of these muta-
tions on PLP binding, SPT structure, and activity, we also
use mutants of the soluble homodimeric bacterial SPT as
human SPTmimics to reveal that each mutant has a different
impact on the enzyme.These range from subtle alterations to
how PLP sits within the SPT active site, lowering substrate
binding and catalytic activity through to a complete loss
of solubility all brought about by a single change. New
SPT mutations that result in HSAN1 are being discovered
periodically; for example, another on the hLCB2a subunit,
A182P, was recently characterised that had reduced SPT
activity, a higher preference for L-alanine, and increased
plasma deoxy-SLs levels [42]. Exactly how these HSAN1
mutations cause the human hLCB1/hLCB2a/ssSPT complex
to lose its exquisite specificity for L-serine and also accept L-
alanine and glycine to form deoxy-SLs will require in-depth
structural and kinetic analyses of the purified wild-type and
mutant SPT complexes.
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The emergence of antibiotic resistance in microbial pathogens requires the identification of new antibacterial drugs. The biosyn-
thesis of methionine is an attractive target because of its central importance in cellular metabolism. Moreover, most of the steps
in methionine biosynthesis pathway are absent in mammals, lowering the probability of unwanted side effects. Herein, detailed
biochemical characterization of one enzyme required formethionine biosynthesis, a pyridoxal-5󸀠-phosphate (PLP-) dependent C-S
lyase fromCorynebacterium diphtheriae, a pathogenic bacterium that causes diphtheria, has been performed.We overexpressed the
protein in E. coli and analyzed substrate specificity, pH dependence of steady state kinetic parameters, and ligand-induced spectral
transitions of the protein. Structural comparison of the enzyme with cystalysin from Treponema denticola indicates a similarity in
overall folding. We used site-directed mutagenesis to highlight the importance of active site residues Tyr55, Tyr114, and Arg351,
analyzing the effects of amino acid replacement on catalytic properties of enzyme. Better understanding of the active site of C.
diphtheriae C-S lyase and the determinants of substrate and reaction specificity from this work will facilitate the design of novel
inhibitors as antibacterial therapeutics.

1. Introduction

The emergence of resistance to antibacterial agents is a press-
ing concern for human health. New drugs to combat this
problem are therefore in great demand. Acquired bacterial
resistance has caused several antibiotics to become useless or,
at best, compromised in their ability to counteract bacterial
infection [1]. The potential of amino acid biosynthesis as an
antimicrobial target has been validated both chemically and
biochemically [2]. Methionine represents a key amino acid
in prokaryotes and it is an attractive antimicrobial target
because of its important role in cell metabolism. Methionine,
in the form of S-adenosylmethionine, is the methyl donor
for a number of essential biochemical reactions. The biosyn-
thesis of methionine is therefore of vital importance to
microbial growth. This has been validated by the fact that
several natural products, including 2-amino-5-hydroxy-4-
oxopentanoic acid [3], azoxybacilin [4], and rhizocticin [5],

target important enzymes for methionine biosynthesis and
have antimicrobial properties. Moreover, most of the steps in
the methionine biosynthesis pathway are unique to bacteria
and plants.

We have studied one of the enzymes required for methio-
nine biosynthesis, namely, NCBI protein NP 940074, which
has been annotated as a pyridoxal-5󸀠-phosphate (PLP-)
dependent C-S lyase from Corynebacterium diphtheriae, a
pathogenic bacterium that causes diphtheria. The threat of
diphtheria, even in countries with good coverage in child-
hood immunization programs by vaccination, has not dis-
appeared and outbreaks in many European countries have
revealed a phenomenon of decreasing immunity to diphthe-
ria among adults [6]. The treatment of diphtheria patients
is based on administration of antibiotics to eliminate the
corynebacteria from the site of infection, thus stopping ongo-
ing toxin production with or without additional treatment
with specific immunoglobulins [7]. Thus, while diphtheria
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antitoxin (DAT) contributes to reducing the case fatality rates
of infections due to this microorganism, it is unlikely, in the
foreseeable future, that it will substantially reduce the world’s
consumption of antimicrobial agents. This highlights the
importance of the development of new antibacterial drugs.

C-S lyase catalyzes the 𝛼,𝛽-elimination of sulfur-contain-
ing amino acids, such as L-cystathionine (L-Cth), to gener-
ate ammonia, pyruvate, and homocysteine, the penultimate
step in methionine biosynthesis transsulfuration pathway.
The crystal structure of C. diphtheriae C-S lyase has been
determined by X-ray crystallography at 1.99 Å resolution
(PDB code: 3FDB, Joint Center for Structural Genomics,
http://www.jcsg.org/). According to its folding pattern, the
enzyme belongs to the fold type I family of the PLP-
dependent enzymes [8]. The commonly known fold type
I PLP-dependent enzymes have an aromatic amino acid
residue located at the re face of the PLP-Lys internal aldimine
and stacking with the pyridine ring of PLP. The structure
shows that a conserved binding site for PLP which is cova-
lently linked to Lys222 has a stacking interaction with Tyr114
and H-bond interaction with Asn160, Asp188, and His191.
There is one molecule in each asymmetric unit (PDB code:
3FDB). Although the crystal structure has been solved, no
protein characterization and structure-based design studies
have been reported to date.

The availability of the protein in purified formhas allowed
us to obtain an insight into the biochemical properties of
the enzyme by thorough characterization of its kinetic and
spectral properties. With increasing resistance of bacteria to
common antibiotics, C-S lyase appears to be an interesting
novel target for the development of specific inhibitors against
the pathogen C. diphtheriae.

2. Materials and Methods

2.1. Chemicals. PLP, L-cystathionine, L-cystine, L-cysteine,
L-djenkolic acid, L-serine, aminoethyl-L-cysteine, O-acetyl-
L-serine, L-homoserine, L-methionine, phenylhydrazine hy-
drochloride, NADH, pyruvate, rabbit muscle L-lactic de-
hydrogenase, 5,5󸀠-dithiobis-(2-nitrobenzoic acid), isopropyl
𝛽-D-thiogalactoside, and the gel filtration molecular mass
marker kit were obtained from Sigma. Chromatographic col-
umns were from GE Healthcare, synthetic oligonucleotides
were from Invitrogen, and the QuikChange site-directed
mutagenesis kit was from Stratagene. pSpeedET-NP 940074
vector was obtained from DNASU/PSI:Biology-MR plasmid
repository at the Biodesign Institute at Arizona State Uni-
versity [9, 10]. All other chemicals were the highest grade
commercially available.

2.2. Enzyme Purification. Expression of the protein was car-
ried out using the pSpeedET-NP 940074 vector by growing
freshly transformed E. coli BL21(DE3) cells in LB medium.
Cell cultures were grown at 37∘C with vigorous shaking
to an OD of 0.6 at 600 nm. The temperature was then
lowered to 23∘C and, after induction with 0.5mM isopropyl-
𝛽-D-1-thiogalactopyranoside (IPTG), cells were grown for
16 h, harvested by centrifugation, resuspended in extraction
buffer (20mM sodium phosphate pH 7.5, 200mM sodium

chloride, and 10mM imidazole), and lysed by sonication.
The cell debris was removed by centrifugation (20,000×g
for 30min) and the supernatant was loaded onto an Ni-
affinity column equilibrated with 20mM sodium phosphate
at pH 7.5, 200mM sodium chloride, and 10mM imidazole.
The imidazole concentration was increased stepwise, first
to 30mM to remove nonspecifically bounded proteins, and
then to 500mM to elute the enzyme. Monomer concentra-
tion was determined from the calculated extinction coef-
ficient (𝜀

280 nm = 65048M
−1 cm−1; http://web.expasy.org/

protparam/). PLP content of holoenzyme was determined by
releasing the coenzyme in 0.1MNaOH and by using 𝜀

388 nm =

6600M−1 cm−1. The yield from a standard purification was
approximately 25mg/L culture. The protein was stable at
−80∘C for many months and freezing and thawing did not
alter the activity of the isolated enzyme.

2.3. Site-Directed Mutagenesis. Point mutants were made on
the wild type construct pSpeedET-NP 940074 using the
QuikChange site-directed mutagenesis kit (Stratagene), fol-
lowing the manufacturer’s protocols. For each mutant, two
synthetic oligonucleotide primers were designed, each was
complementary to the opposite strands of the plasmid and
contained the desired mutation. The coding region of all
mutated plasmids was verified by DNA sequencing. E. coli
strain BL21(DE3) cells were transformed and used for expres-
sion. The conditions for expression and purification of the
mutants were as described for the wild type enzyme.

2.4. Enzyme Activity Assays. Activity was measured at 30∘C
on a Jasco-V560 UV-Vis spectrophotometer. The assay buffer
was composed of 50mM MOPS, 50mM bicine, 50mM pro-
line pH 9.0, and 20 𝜇M PLP. Reactions were initiated by
the addition of 1 𝜇M enzyme. The activity of C-S lyase
toward L-Cthwas detected via two spectrophotometric assays
by using the reaction of 5,5󸀠-dithiobis-(2-nitrobenzoic acid)
(DTNB) with the free thiol of the L-homocysteine product
(𝜀
412 nm = 13600M

−1 cm−1) and by monitoring pyruvate for-
mation with the coupling enzyme NADH-dependent lactate
dehydrogenase (LDH)which reduces the pyruvate product to
lactate, with the concomitant conversion of NADH to NAD+
(𝜀
340 nm = 6200M

−1 cm−1).The LDHassaywas also employed
to monitor C-S lyase activity toward other substrates.

Initial velocity data obtained by varying substrate concen-
trations were fitted to the hyperbolic form of the Michaelis-
Menten equation

V

𝐸
𝑡

=

𝑘cat𝑆

(𝐾
𝑚
+ 𝑆)

. (1)

In the case of deviations from hyperbolic kinetics, initial
velocity data obtained by varying substrate concentrations
were fitted to a nonhyperbolic curve to (2) that takes into
account substrate inhibition, that is, binding of a second
molecule of substrate to the ES complex to form an inactive
ternary complex SES [11]:

V

𝐸
𝑡

=

𝑘cat
1 + (𝐾

𝑚
/𝑆) + (𝑆/𝐾

𝑖
)

, (2)

where 𝐸
𝑡
is the total enzyme concentration, 𝑘cat is the max-

imum velocity, 𝑆 is the substrate concentration, 𝐾
𝑚

is the
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apparent Michaelis-Menten constant, and 𝐾
𝑖
is the dissoci-

ation constant for the inhibitory SES ternary complex.

2.5. Evaluation of the pH Dependence. The pH dependence
for C-S lyase towards L-Cth and L-cysteine was determined
using both DTNB and LDH assays in 50mM MOPS, 50mM
bicine, 50mM proline, and 20 𝜇M PLP. Kinetic measure-
ments were carried out between pH 7.8 and 10.3. The values
for log 𝑘cat/𝐾𝑚 as a function of pH were fitted to the appro-
priate equations:

log𝑌 = log 𝐶

1 + (𝐻/𝐾
𝐴
)

, (3)

log𝑌 = log 𝐶

1 + (𝐻/𝐾
𝐴
) + (𝐾

𝐵
/𝐻)

, (4)

where 𝐾
𝐴

and 𝐾
𝐵

represent the ionization constants for
enzyme or reactant functional group, 𝑌 is the value of the
parameter observed as a function of pH, and 𝐶 is the pH-
independent value of 𝑌. All data were fitted to the previous
equations using the Origin8 program (OriginLab).

2.6. Spectroscopic Measurements. Absorption measurements
were carried out on a Jasco-V560 UV-Vis spectrophotometer,
using 10𝜇M enzyme in a buffer solution containing 50mM
MOPS, 50mM bicine, and 50mM proline pH 8.5.

Fluorescence spectra were obtained with a Jasco FP8200
spectrofluorometer using 5 nm bandwidths on both sides
at a protein concentration varying from 1 to 10 𝜇M in a
solution containing 20mM Bis-Tris propane pH 8.5. Spectra
of blanks, that is of samples containing all component except
the lyase, were taken immediately prior to the measurements
of samples containing protein. Blank spectra were subtracted
from spectra of samples containing enzyme.

CD measurements were carried out on a Jasco J-710
spectropolarimeter using 1mg/mL enzyme in a buffer solu-
tion containing 50mM Tris-HCl pH 8.5. For near-UV and
visible wavelengths, three automatically averaged spectra
were recorded in a cuvette with a 1 cm path length at a scan
speed of 50 nm/min.

2.7. Preparation and Reconstitution of Apoenzyme. The coen-
zyme PLP was removed as a phenylhydrazone following the
protocol in [12]. After the removal of the cofactor, C-S lyase
exhibited no residual activity and no absorption peak at
413 nm. Titration of the apoenzyme with PLP was carried
out at equilibrium by measuring the fluorescence emission
at 500 nm (𝜆exc = 413 nm) after incubation of apoprotein
(5 𝜇M) with various concentrations of the cofactor (0–
100 𝜇M) at 25∘C for 15min in 20mMBis-Tris propane pH 8.5.
The increase in fluorescence emission at 500 nm was depen-
dent on added PLP and the values were used to calculate the
𝐾
𝑑

PLP according to a tight-binding hypothesis (5):

𝐹
500
= Δ𝐹max

𝑒
0
+ 𝑙
0
+ 𝐾
𝑑
− √[(𝑒

0
+ 𝑙
0
+ 𝐾
𝑑
)
2

− 4𝑒
0
𝑙
0
]

2𝑒
0

,

(5)

where 𝑒
0
and 𝑙
0
are the total concentrations of C-S lyase sub-

unit and PLP, respectively,𝐾
𝑑
is the equilibrium dissociation

constant for the encounter complex, andΔ𝐹max represents the
fluorescence change at 500 nm recorded in the presence of
an excess of PLP over apoprotein. The reconstituted enzyme
completely recovered its original activity.

2.8. Size Exclusion Chromatography. The molecular weight
of recombinant enzyme was monitored by analytical size
exclusion chromatography (Superdex 200HR 10/30) using
ÄKTA FPLC system (GE Healthcare). The chromatogra-
phy was performed using 20mM sodium phosphate buffer
pH 7.2 and 150mM NaCl as the mobile phase, at a flow
rate of 0.1mL/min. The calibration curve was determined
with gel filtration molecular weight standards containing
bovine thyroglobulin (669 kDa), apoferritin (443 kDa), 𝛽-
amylase (200 kDa), alcohol dehydrogenase (150 kDa), bovine
serum albumin (66 kDa), carbonic anhydrase (29 kDa), and
cytochrome c (12.4 kDa). The curve was linear between 12.4
and 669 kDa.

2.9. Structural Similarity Analysis. The structure of the C-
S lyase in complex with the PLP-aminoethoxyvinylglycine
(AVG) was obtained by optimal superposition of the main
chain of the C-S lyase (PDB code: 3FDB) and the structure of
the cystalysin from Treponema denticola (PDB code: 1C7O)
as in [13].

3. Results

Recombinant C-S lyase was purified as a His-tagged protein
to greater than 99% purity as confirmed by SDS-PAGE; the
size of the protein, calculated with a molecular size marker,
was about 44 kDa that corresponds well to the molecular
mass elucidated from the sequence information. As deter-
mined by gel filtration, an apparentmolecular mass of 85 kDa
was calculated for the native enzyme. Therefore, these results
indicate that, as suggested by interface interaction, recombi-
nant C-S lyase from C. diphtheriae is a homodimer.

3.1. Spectral Properties of Recombinant C-S Lyase. The visible
absorption spectrum of the native enzyme is dominated by a
band centered around 413 nm (Figure 1). This peak indicates
that the predominant tautomer of the internal aldimine is
the ketoenamine, and the imine nitrogen of the cofactor
is protonated allowing the formation of an intramolecular
hydrogen bond with the 3󸀠-oxygen atom of PLP and the
conjugation of the 𝜋 system of the imine with the pyridine
ring [14, 15].

The intensity of the band did not change in the pH range
from 6 to 11, indicating a p𝐾

𝑎
of the internal aldimine higher

than 11. The observed ratio 𝐴
280 nm/𝐴413 nm was ∼8. The

stoichiometric ratio of PLP to enzyme was calculated from
the 𝐴

388 nm of the free cofactor, which was released upon
incubation of the native holoenzyme in 0.1M NaOH. By this
method, a PLP content of 2mol/mol of the native dimer was
found.

As shown in Figure 2(a), the CD spectrum of the enzyme
displays a positive dichroic band at 415 nm whose intensity
does not change with pH. The near-UV spectrum is char-
acterized by pronounced negative dichroic bands in the
aromatic region at 260–296 nm, which would indicate the
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Figure 1: Absorption spectra of C-S lyase in the presence of substrates and substrate analogues. (a) Absorption spectra of 10𝜇M C-S lyase
in the absence (solid line) and presence of 100mM L-serine (dashed line) and 100mM O-acetyl-L-serine (dotted line). The spectra were
subtracted from pyruvate absorbance. Pyruvate concentration was evaluated by a coupled LDH assay (see Section 2). (b) Absorption spectra
of 10𝜇M C-S lyase in the absence (solid line) and presence of 450mM L-homoserine (dotted line) and 150mM L-methionine (dashed line).
All spectra were recorded in a solution containing 50mM MOPS, 50mM bicine, and 50mM proline pH 8.5.
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Figure 2: CD and fluorescence emission spectra of C-S lyase in the presence of substrates and substrate analogues. (a) CD spectra of enzyme
(solid line) in the presence of 450mM L-homoserine (dotted line) and 150mM L-methionine (dashed line) in 50mM Tris-HCl pH 8.5. (b)
Fluorescence emission spectra of 1𝜇M enzyme (solid line) in the presence of 150mM L-methionine (dotted line), 100mM L-serine (dashed
line), and 100mM O-acetyl-L-serine (dash dotted line) upon excitation at 295 nm. Inset: emission spectra of 10𝜇M enzyme (solid line) in
the presence of 100mM O-acetyl-L-serine (dash dotted line), 100mM L-serine (dashed line), and 150mM L-methionine (dotted line) upon
excitation at 418 nm. All spectra are recorded in 20mM Bis-Tris-propane pH 8.5.

asymmetry of certain aromatic amino acids, most likely
associated with the active site (Figure 2(a)).

The fluorescence emission spectra of C-S lyase recorded
for the direct excitation at 295 nm of Trp residues exhibit a
pronounced peak centered around 340 nm and a much lower
intensity peak at around 500 nm (Figure 2(b)). The peak
at 340 nm can be attributed to direct emission from Trp

residues, while the peak centered at 505 nm can be attributed
to emission from PLP, resulting from an intramolecular
energy-transfer process from the excited Trp residues to the
cofactor [16, 17]. Direct excitation of the C-S lyase ketoe-
namine tautomer of PLP at 413 nm gives a single emission
peak centered at 502 nm (Figure 2(b), inset), which is typical
for emission from Schiff bases of PLP in a neutral, aqueous
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environment [18, 19]. None of the fluorescence emission
properties of the enzyme is affected by pH in the range from
5.7 to 10.2.

At pH 8.5 in 20mMBis-Tris propane, the excitation spec-
trum for the longer-wavelength emission of C-S lyase mea-
sured at 502 nm shows two bands. The peak of the shorter
wavelength excitation band is located at 279 nm, and the peak
of the longer-wavelength excitation band is located at 413 nm
(data not shown).

The emission spectrum obtained for apo C-S lyase, when
excited at 295 nm, exhibits a single peak centered at 345 nm,
with a 4-fold increase in emission intensity and a 2 nm red
shift compared to the holoenzyme (data not shown). The
apoenzyme has no residual activity and does not exhibit
either absorbance bands in the visible region or PLP emission
fluorescence. Titration of apo C-S lyase with PLP resulted in
an increase in the fluorescence emission at 500 nm; the values
were plotted against PLP concentrations and used to calculate
the 𝐾

𝑑

PLP value for the enzyme by a theoretical curve fit of
the experimental data using (5). The obtained 𝐾

𝑑

PLP value
was 0.09 ± 0.03 𝜇M, indicating a tight binding of PLP to the
enzyme.

3.2. Steady-State Kinetic Studies. Several sulfur- and nonsul-
fur containing amino acids were utilized as potential sub-
strates for the enzyme. The enzyme showed maximum
activity at pH 9 and 30∘C, as determined in 50mM MOPS,
50mM bicine, and 50mM proline. Table 1 shows that the
enzyme has a relatively broad substrate specificity. L-Cth, L-
djenkolate, and aminoethyl-L-cysteine were the most effec-
tive substrates. Cystine and L-cysteine, to a lesser extent, also
acted as substrates. O-acetyl-L-serine and L-serine proved to
be very poor substrates, whereas no activity could be detected
with L-homocysteine, L-homoserine, or L-methionine.These
latter inhibited, although to different extents, C-S lyase
activity (data not shown), thus indicating their binding to
the enzyme. The recombinant C-S lyase obeyed Michaelis-
Menten kinetics with all substrates examined except for L-
cysteine, for which substrate inhibition was observed. By
using (2) (describing substrate inhibition, [11, 20]), initial
velocity data obtained by varying L-cysteine concentrations
fit a nonhyperbolic curve to yield𝐾

𝑚
and𝐾

𝑖
values of 0.95 ±

0.18 and 3.98 ± 0.66mM, respectively.

3.3. pH Dependence of Kinetic Parameters for C-S Lyase. The
pHdependence of the kinetic parameters forC-S lyase toward
L-Cth and L-cysteine was determined, and the results are
shown in Figures 3(a) and 3(b). log 𝑘cat is pH independent
from 7.8 to 10.2 for both substrates. The log 𝑘cat/𝐾𝑚—pH
profile for L-Cth is bell shaped, consistent with the involve-
ment of two ionizable groups, one with an apparent p𝐾

𝑎
of

8.05 ± 0.07 and the other with an apparent p𝐾
𝑎
of 9.90 ±

0.07 (Figure 3(a)).The log 𝑘cat/𝐾𝑚—pHprofile for L-cysteine
exhibited a single p𝐾

𝑎
of 8.26 ± 0.01 for a group that must be

deprotonated for activity (Figure 3(b)).

3.4. Absorption, Fluorescence, and CD Spectral Changes of
C-S Lyase with Substrates and Substrate Analogues. Except
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Figure 3: pH dependence of the kinetic parameters for C-S lyase
reaction with L-Cth and L-cysteine. log 𝑘cat profile and log 𝑘cat/𝐾𝑚
profile for L-Cth (a) and L-cysteine (b). The points shown are
experimentally determined values, while the curves are from fits
to the data using (3) for log 𝑘cat/𝐾𝑚 for L-cysteine and (4) for
log 𝑘cat/𝐾𝑚 for L-Cth.

for L-serine and O-acetyl-L-serine, the rate of reaction for
the substrates tested (Table 1) was very high, and reaction
of the enzyme with these substrates cannot be studied by
conventional spectroscopy.

Addition of O-acetyl-L-serine to C-S lyase at pH 8.5 pro-
duces an immediate shift from 413 to 420 nm (Figure 1(a)).
This shift is consistentwith the conversion of internal to exter-
nal aldimine (Figure 1(a)). A broad increase in the absorbance
at wavelengths shorter than 350 nm hampers the accurate
identification of specific bands and is likely due to the
accumulation of reaction products, that is, pyruvate, which
absorbs at 318 nm [21]. After subtraction of the contribution
of pyruvate absorbance to the absorbance spectra of enzyme,
the external aldimine is the only evident intermediate during
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Table 2: Kinetic parameters for C-S lyase wt and mutants using L-Cth in 50mM MOPS, and 50mM bicine, 50mM proline pH 9.0 at 30∘C.

Protein 𝐾
𝑚

(mM)
𝑘cat
(s−1) Relative activity (%)

wt 1.07 ± 0.22 92.67 ± 4.44 100
Y114F 0.20 ± 0.01 1.20 ± 0.02 1.3
Y55F 0.62 ± 0.21 0.45 ± 0.01 0.5
R351A n.d.∗ n.d.∗ —
∗n.d.: not detected.

steady-state conditions. On the other hand, binding of L-
serine at pH 8.5 to the enzyme results in mixtures of external
aldimine and quinonoid species absorbing at 428 and 495 nm,
respectively (Figure 1(a)).

Binding of the substrate analogues L-methionine or L-
homoserine at pH 8.5 to the enzyme results in mixtures of
external aldimine (𝜆max = 418 nm) and quinonoid species
(𝜆max = 505 nm). This equilibrium is attained immediately
upon mixing (Figure 1(b)).

CD spectra of the PLP cofactor were obtained in the pres-
ence of L-methionine and L-homoserine (Figure 2(a)). The
spectrum for unliganded enzyme exhibits a positive Cotton
effect centered on the visible absorption band of the cofactor,
as it has been found for many PLP enzymes including
cystalysin [12] and O-acetylserine sulfhydrylase [22] which
catalyze reactions very similar to that catalyzed by C-S lyase.
In the presence of saturating concentrations of L-methionine
and L-homoserine, a positive Cotton effect is still evident,
but with only 30% ellipticity relative to enzyme alone. The
presence of L-homoserine gives a small negative dichroic
signal centered around the visible absorption band of the
quinonoid intermediate at 502 nm, and a modest negative
dichroic band at 337 nm, mimicking what is observed in the
visible spectrum.

Differences were also seen between the unliganded and
liganded enzymes in the near-UV CD spectrum. Upon
addition of ligands, a decrease of the negative dichroic signals
in the Tyr spectral region was observed, which was more
pronounced for L-methionine. Both these ligands have a
pronounced effect on Trp residue(s) whose fine structure
between 293 and 305 nm is clearly affected (Figure 2(a)).

Upon excitation at 295 nm, in the presence of L-serine,
the cofactor emission band of C-S lyase exhibits a decrease in
intensity compared to the internal aldimine emission spec-
trum (Figure 2(b)), while the Trp emission band is red
shifted to 344 nm,maintaining almost the same intensity.The
decrease in the emission band of the ketoenamine tautomer
is confirmed by the direct excitation of the ketoenamine
tautomer at 425 nm, which shows a decrease and a red shift
to 517 nm compared to the emission of the internal aldimine
(Figure 2(b), inset). When the enzyme was excited at 418 nm
in the presence of O-acetyl-L-serine or L-methionine, the
emission spectrum exhibited a quenching of the fluorescence
emission at 500 nm, concomitant with a modest red shift to
504 or 506 nm, respectively (Figure 2(b), inset).

3.5. Effects of Arg351, Tyr114, and Tyr55 Mutation on the
Enzymatic Activity of C-S Lyase. To identify the residues

involved in catalysis and/or substrate binding, we aligned
the amino acid sequences of seven bacterial C-S lyases
(Figure 4).TheC-S lyases share similar sequences and exhibit
identities to C-S lyase from C. diphtheriae ranging from 27%
(cystalysin from T. denticola) to 54% (C-S lyase from C.
glutamicum). The alignment indicates that 40 amino acids
are strictly conserved, and structural comparison of C-S
lyase with cystalysin indicates similarity in overall fold as
well as in active site residues (Figure 5). Of the 20 residues
bordering the active site and the cofactor, we focused on three
amino acids that are invariant among all the enzymes of the
transsulfuration pathway. The conserved tyrosines (Tyr55∗
and Tyr114) and arginine (Arg351), located at the active site,
were selected for point mutation based on structural analysis
(Figure 5(b)). The effect of mutation on enzyme activity was
examined (Table 2). Mutation of Tyr55 to Phe dramatically
reduced enzymatic activity (𝑘cat = 0.45 s

−1); this Tyr is located
on the dimer interface, and its side chain directly interacts
with the PLP of the other subunit. Mutant R351A reduced
the activity below detectable levels. On the other hand, the
Y114F mutant retained 1.3% of the turnover rate of wild type
enzyme. Although Tyr114 and Arg351 are positioned near
the dimer interface, there are no direct interactions with any
residues of the other subunit.

3.6. Structural Similarity Analysis. Guided by structural
superimposition and structural similarity analysis, interest-
ing differences were found between cystalysin from T. den-
ticola and C-S lyase from C. diphtheriae in the AVG adduct.
Although the root mean square deviations (RMSD) between
both structures are small, that is, 1.5 Å, there are important
differences in the residues present in the binding cavity.
Indeed, while in the cystalysin-AVG complex hydrophobic
interactions are formed with Phe273 (cyan in Figure 5(b)),
this residue is not conserved in C-S lyase, thus offering
a larger binding cavity. On the other hand, there are two
residues present in C-S lyase that are not conserved in
cystalysin fromT. denticola, that is, Asp88 and Lys230 (yellow
in Figure 5(b)). Both these differencesmay dramatically affect
the physicochemical properties of the binding cavity and
allow the design of specific inhibitors.

4. Discussion

The enzymes of the bacterial transsulfuration pathway, cys-
tathionine 𝛾-synthase and cystathionine 𝛽-lyase, are attrac-
tive targets for the development of novel antimicrobial com-
pounds because this pathway is unique to plants and bacteria.
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FNIAGMGMSNIIIKNPDIRERFTKSRDITSGMPFTTLGYKACEICYKECGKWLDGCIKVI

KNNHDFLLHEIPKRIPGAKITPMQATYLMWIDFRDTTIEG---SPSEFFIEKAKVAMNDG

KDNRDFAAAELEK--LGVKVYAPDSTYLMWLDFAGTKIEE---APSKILREEGKVMLNDG

RGNRDWLVEELPKRVPGLQVSNPEATYLMWLDFSGTVIGDLV-QPAAWLRRNAKVALNEG

VENRDYLLTHLPEVLPGIGMSHPDATYLMWLDFSQCEILALRNNPQQVLAEKARVGLNAC

EENIQFAVEYFAQEAPRLKVMKPQGTYLIWLDFSDYGLTDD--ALFTLLHDQAKVILNRG

EGNIKLVIKELEAKT-KIKVMEPEGTYLVWLDFSAYAIAQP--QLSEKLQNEAKVVLNDG

DKNQRIVKDFFEVNHPEIKAPLIEGTYLQWIDFRALKMDHK--AMEEFMIHKAQIFFDEG

AWFGEDGTGFCRLNFATSREVLEEAIDRMAKAVSHHT-----

AAFG-GFTTCARLNFACSRETLEEGLRRIASVL---------

TTFGTGGEYCARLNFATSRELLEEGVRRMAEAVAQVDAED--

TGFGAVHDGFARLNFGCDRSTLAEMISRIGNTF---------

SDYGSEGELHARLNIAAPKSLVEEICKRIVCCLPK------- 

AHFGKEGKYFARLNVATPKNTVQEALSRIISVFGK-------

YIFGDGGIGFERINLAAPSSVIQESLERLNKALKDLKNRHLK
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Figure 4: Sequence alignment of C-S lyases.The target residues formutational analysis are highlighted in gray.The arrow above the sequences
indicates the PLP-binding lysine. The C-S lyases used in this alignment (UniProt accession numbers) and their sources are Q6NFZ9,
Corynebacterium diphtheriae NCTC 13129; Q46061, Corynebacterium glutamicum; M1NUD7, Corynebacterium halotolerans; C0VUP4,
Corynebacterium glucuronolyticum; A6BMJ3, Streptococcus anginosus IMU102; Q8DST5, Streptococcus mutans; Q56257, Treponema denticola
ATCC 3540. All sequence alignments were carried out using the ClustalW program.
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Lys230

Asp88

PLP-AVG
Tyr123/114

Arg369/351

Lys238/222

(a)

(b)

Phe273∗
Tyr64∗/55∗

Figure 5: Superimposed structures of C-S lyase from Corynebacterium diphtheriae and cystalysin from Treponema denticola. (a) A subunit of
C-S lyase (green) with a portion of chain B (orange) is superimposed with chains A and B of cystalysin (in pink and blue, resp.). (b) A close-up
of the active site with the AVG inhibitor (in gray) is shown. Residues conserved in both proteins are shown in red. Phe273 is presented only
in the chain B of cystalysin and is depicted in cyan, while residues Lys230 and Asp88 are presented only in C-S lyase and are shown in yellow.
Residue numbers are indicated as cystalysin/C-S lyase. An asterisk (∗) indicates that the residues are present only in chain B.

Recent studies probing the active sites of these enzymes are
providing information that will guide the design of novel
therapeutics [2, 23]. As members of the 𝛾-subfamily of fold-
type I of PLP-dependent enzymes, they also represent a useful
model system for studies exploring the molecular mecha-
nisms that underlie specificity among enzymes dependent on
this catalytically versatile cofactor. A thoroughunderstanding
of the mechanisms controlling substrate and reaction speci-
ficity is a necessary step to enable the engineering of PLP-
dependent enzymes for biotechnological applications [24].

The structure of C. diphtheriae C-S lyase has been solved
at 1.99 Å resolution (PDB code: 3FDB). We isolated the
recombinant enzyme as a His-tagged protein at high yield
and examined the spectral properties and steady state kinetic
parameters of the purified enzyme, in addition to structural
similarity analysis with cystalysin.

The internal aldimine absorbance spectra of C-S lyase
exhibit a band centered at 413 nm (Figure 1(a)) which indi-
cates that the predominant tautomer of the internal aldimine
is the ketoenamine and that the imine nitrogen of the cofactor
is protonated. This band is associated with a positive Cotton
effect and gives rise to an emission maximum at about
500 nm. The enzyme spectrum is independent of pH from 6
to 11, indicating that the p𝐾

𝑎
of the internal aldimine is higher

than pH 11. In the structurally related enzyme cystalysin, a
band at 320 nm was attributed to a substituted aldimine, a
species stabilized with respect to the ketoenamine by alkaline
pH [12]. Both cystalysin and C-S lyase are catalytically more
competent at alkaline pH, where a remarkable portion of the
coenzyme in cystalysin exists as inactive aldimine structure
with a nucleophilic group. Interestingly, the spectrum of the

C. diphtheriae is pH independent; thus, this nucleophilic
group is either missing or has a different location.

The apoenzyme showed no absorption in the visible range
and no emission fluorescence due to PLP. When the intrin-
sic fluorescence emissions of holo- and apoenzyme were
compared, it was evident that a substantial fraction (about
70%) of the Trp emission in the apoenzyme is quenched
in the holoenzyme. Such quenching is concomitant with
the appearance of the 500 nm emission indicative of energy
transfer from Trp residue(s) to the internal Schiff base. The
interaction between the apoenzyme and PLP is characterized
by a dissociation constant of 0.09𝜇M, which is indicative of
very tight binding of the cofactor to the enzyme.

Conversion to the external aldimine upon addition of
substrate or substrate analog is expected to involve a con-
formational change that causes, among other things, the
exclusion of water molecules from the active site. Formation
of the external aldimine with L-serine is accompanied by a
bathochromic shift of the ketoenamine tautomer absorption
band (15 nm; Figure 1(a)) compared to the same species with
O-acetyl-L-serine, L-methionine, or L-homoserine (about
6 nm). This finding suggests a pronounced increase in the
polarity of the microenvironment in the active site, likely
due to a repositioning of charged or polar residues around
the cofactor. Binding of L-serine to the enzyme results
in mixtures of external aldimine and quinonoid species
(Figure 1(a)). 𝛼,𝛽-Elimination mechanisms generally pro-
ceed via a quinonoid intermediate, in which the carbanion
formed upon abstraction of the C𝛼-proton is stabilized by
delocalization into the pyridinium ring of PLP. This transient
intermediate with 𝜆max∼ 450–500 nm is detectable when
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Scheme 1: Key intermediate steps of 𝛼,𝛽-elimination reaction.

the elimination of the leaving group is slow, as might be
expected for the hydroxyl group of L-serine [25]. The steady-
state spectrum represents an intermediate whose formation
is rate limiting or represents the sum of more than one
intermediate if multiple steps are partially rate limiting [26].
Therefore, the presence of both the external aldimine and
the substrate quinonoid in the steady-state spectrum of C-
S lyase with L-serine indicates that the formation of these
intermediates may be partially rate determining. In contrast,
a quinonoid intermediate is not observed for the elimination
of acetate from O-acetyl-L-serine as the acetate group of
O-acetyl-L-serine does not require protonation and is a
better leaving group than the hydroxyl group of the L-
serine. Although L-methionine and L-homoserine bind to
C-S lyase in an unproductive manner, they nonetheless give
equilibrating mixtures of external aldimine and quinonoid
species (Figure 1(b)). This implies that L-methionine or L-
homoserine stops the reaction at the step involving the
quinonoid intermediate. The effects of all amino acids tested
on theCD and fluorescence spectra of C-S lyase consist, albeit
to different extents, in amodest enhancement of intrinsic Trp
fluorescence, quenching and red shift of the long wavelength
PLP emission, and a change in the dissymmetry of bound
cofactor and aromatic amino acids located near the active
site (Figures 2(a) and 2(b)). Taken together, in terms of local
perturbations these data can be interpreted as changes in the
orientation of the PLP and in the relative orientations of an
aromatic residue(s) and of cofactor upon binding of ligand.

The 𝑘cat profile for the 𝛼,𝛽-elimination reaction of L-
Cth or L-cysteine is pH independent. The 𝑘cat/𝐾𝑚 versus pH
profile for L-Cth is bell-shaped, with p𝐾

𝑎
values of 8.05±0.07

(p𝐾
𝑎1

acidic limb) and 9.90 ± 0.07 (p𝐾
𝑎2
, basic limb). The

𝑘cat/𝐾
L-Cth
𝑚

-pH profile decreased on the acid and basic sides
with limiting slopes of 1 and −1, indicating that the ionization
of the two groups is relevant to the enzymatic reaction,
with one being protonated and the other unprotonated
(Figure 3(a)).

The pH independence of the internal aldimine of C-S
lyase indicates that this group cannot be assigned to one of
those that titrates in the pH-activity profiles. The p𝐾

𝑎
values

of the R-NH
2
groups of L-Cth were determined by direct

titration with NaOH as 8.51 ± 0.02 and 9.60 ± 0.02 at 25∘C,
which are within experimental error of those determined for
the acidic and basic limb of the 𝑘cat/𝐾

L-Cth
𝑚

versus pH plot.

The basic limb (p𝐾
𝑎2
) of the 𝑘cat/𝐾

L-Cth
𝑚

versus pH profile
was assigned to the p𝐾

𝑎
of the R-amino group of L-Cth, since

p𝐾
𝑎2

was not present in the 𝑘cat/𝐾
L-cys
𝑚

profile (Figure 3(b)).
The acidic limb (p𝐾

𝑎1
) can be assigned to the 𝛼-amino group

of L-Cth (p𝐾
𝑎
= 8.54), indicating that the substratemust bind

in the deprotonated state. Alternatively, the p𝐾
𝑎1

could reflect
ionization of an enzyme group other than the imino moiety
of the internal aldimine.

It is generally accepted that PLP-dependent 𝛽-eliminases,
including 𝛽C-S lyases, have three key intermediate steps [8]
(Scheme 1). Plausible catalytic mechanisms for the formation
of intermediates have been reported for several 𝛽C-S lyases
on the basis of structural and spectroscopic information
[12, 27–30]. Contrary to their common intermediates, the
quaternary structures (dimer and tetramer) and the active site
residues of the 𝛽C-S lyase enzymes are somewhat different,
possibly depending on their substrate specificity. When
studying the 𝛼,𝛽-elimination reactions of sulfur containing
amino acids in bacteria, determination of enzyme substrate
specificity is crucial since it allows distinction between true
cystathionine 𝛽-lyase activities involved in the synthesis of
methionine and otherC-S lyase activities.Thus, cystathionine
𝛽-lyase supports the cleavage of either L-Cth or djenkolate
at high levels and shows low activity towards L-cystine.
Conversely, C-S lyases are characterized bymarginal cleavage
of L-Cth and efficient synthesis of cysteine persulfide from L-
cysteine [31, 32].

To define the substrate specificity of C-S lyase from C.
diphtheriae, we examined the reaction of the enzyme with
sulfur- and nonsulfur containing amino acids as well as with
disulfidic amino acids (Table 1). Among the substrates tested,
only L-cysteine exhibits substrate inhibition, similar to T.
denticola cystalysin [12], C-DES from Synechocystis [33], 𝛽-
cystathionase [31], and D-cysteine desulfhydrase from E. coli
[34].

Recombinant C-S lyase from C. diphtheriae showed a
relatively broad substrate specificity toward sulfur-containing
amino acids, as previously observed for the enzyme from A.
thaliana [35], E. coli [31], B. avium [36], and S. typhimurium
[37]. For all these enzymes, the highest rates of 𝛽-cleavage
activity were obtained with L-Cth and djenkolate, whereas
L-cystine and L-cysteine were poor substrates. In the case
of L-cystine and L-cysteine, compared with L-Cth, substrate
selectivity does not appear to derive from substrate binding,
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since 𝐾
𝑚

values are similar, but rather from chemical steps
that follow the binding (Table 1). Finally, no activity could be
detected for the enzyme when either L-homocysteine or L-
methionine was used as substrate (𝛾C-S linkages).

The present observations are in agreement with previous
analysis of the substrate specificity of cystathionine 𝛽-lyase
from A. thaliana [35] which showed the following: (1) all
active substrates contain a C3 L-𝛼-amino acid moiety; (2) the
nature of the sulfur-containing bridge (thioether, thioacetal,
or disulfide) influences the rate of the 𝛼,𝛽-elimination pro-
cess; and (3) the length of the second moiety, and therefore
the spatial separation of the two carboxyl groups of the
substrate, has a critical role in the efficiency of cleavage. In
light of these findings, C. diphtheriae should more properly
be considered as a cystathionine 𝛽-lyase, rather than a C-S
lyase, as annotated (NCBI protein NP 940074). Interestingly,
although both C. diphtheriae C-S lyase and cystalysin belong
to fold type I, and share similar sequences (Figure 4) and
structural similarity in overall fold and active site residues
(Figure 5), they do not display desulfhydrase activity with
similar substrate specificity. Cystalysin, in fact, displays a
strong substrate preference for L-djenkolic acid and L-cystine
over L-cysteine and, among sulfur-containing amino acids,
the lowest 𝛽-cleavage activity was obtained with L-Cth [12];
its substrate specificity is similar to that of L-cysteine/cysteine
C-S lyase (C-DES) from Synechocystis.

Based on structural and kinetic studies, a postulated cat-
alytic mechanism with the intermediates has been proposed
for cystalysin [38, 39] and Streptococcus anginosus 𝛽C-S lyase
(Lcd) [40], the enzymes with the highest sequence identity to
C. diphtheriaeC-S lyase (Figure 5(a)) among structurally and
enzymatically characterized𝛽C-S lyases.The structural infor-
mation on the intermediate complexes enabled us to select
conserved residues for site-directed mutagenesis. Mutational
analysis demonstrated the important roles of several active
site residues, namely, Tyr55, Tyr114, and Arg351 (Figure 5(a)).
In particular, Tyr114 recognizes the S 𝛾-atom (orO 𝛾-atom) of
the substrate by the phenolic hydroxyl group and fixes PLP at
the proper position by a stacking interaction throughout the
𝛼,𝛽-elimination reaction [27, 38].

Mutational analysis further revealed that Y114F retained
only 1.3% of wt enzymatic activity (Table 2). On the basis
of kinetic studies, Cellini et al. [38] concluded that Tyr64
of cystalysin (Tyr55 of C. diphtheriae C-S lyase) plays a
role in the properly orienting Lys238 (Lys222). In agreement
with structural observations, substitution of Tyr55 to Phe
reduced the catalytic activity to 0.5% (Table 2), suggesting the
importance of the phenolic hydroxyl group of this residue.
In both Lcd external aldimine and 𝛼-aminoacrylate forms,
the guanidino group of Arg365 formed a salt bridge with
the carboxyl moiety of the amino acid substrate bound to
PLP [40]. This Arg is widely conserved among type I PLP-
dependent enzymes and is supposed to act as a general 𝛼-
carboxylate docking site [41]. A similar salt bridge has been
observed between the corresponding Arg and the carboxyl
moiety of the coenzyme bound substrate in other PLP-
dependent 𝛽-eliminases [28, 42] suggesting a common role
of the Arg for substrate binding. Substitution of Arg351 with

Ala notably reduced catalytic activity toward L-Cth to below
a detectable level (Table 2).

Although the residues involved in PLP and substrate
binding are fully conserved, structural similarity analysis
between cystalysin from T. denticola and C-S lyase from C.
diphtheriae in the AVG adduct revealed subtle differences
in the binding cavity. These involve just three amino acids,
that is, two charged residues present in C-S lyase and not in
cystalysin and vice versa, a Phe residue present in cystalysin
and not in C-S lyase. Indeed, the availability of two charged
residues and the lack of bulky hydrophobic one will dramat-
ically affect the physicochemical properties of the binding
cavity of C-S lyase. These elements can thus be exploited for
rational design of novel and species specific inhibitors to be
used in antibacterial therapeutics.

Abbreviations

PLP: Pyridoxal 5󸀠-phosphate
DTNB: 5,5󸀠-dithiobis-2-nitrobenzoate
LDH: L-lactic dehydrogenase
L-Cth: L-cystathionine
AVG: L-aminoethoxyvinylglycine
𝐾
𝑑

PLP: Equilibrium dissociation constant for PLP
CD: Circular dichroism
PDB: Protein Data Bank
𝑘cat: Turnover rate
𝐾
𝑚
: Michaelis constant.
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and A. A. Antson, “Insights into the catalytic mechanism of
tyrosine phenol-lyase fromX-ray structures of quinonoid inter-
mediates,” The Journal of Biological Chemistry, vol. 283, no. 43,
pp. 29206–29214, 2008.



Hindawi Publishing Corporation
BioMed Research International
Volume 2013, Article ID 353270, 10 pages
http://dx.doi.org/10.1155/2013/353270

Research Article
Asymmetry of the Active Site Loop
Conformation between Subunits of Glutamate-1-semialdehyde
Aminomutase in Solution

Barbara Campanini,1 Stefano Bettati,2,3 Martino Luigi di Salvo,4

Andrea Mozzarelli,1,3 and Roberto Contestabile4
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Glutamate-1-semialdehyde aminomutase (GSAM) is a dimeric, pyridoxal 5󸀠-phosphate (PLP)- dependent enzyme catalysing
in plants and some bacteria the isomerization of L-glutamate-1-semialdehyde to 5-aminolevulinate, a common precursor of
chlorophyll, haem, coenzyme B

12
, and other tetrapyrrolic compounds. During the catalytic cycle, the coenzyme undergoes

conversion from pyridoxamine 5󸀠-phosphate (PMP) to PLP.The entrance of the catalytic site is protected by a loop that is believed
to switch from an open to a closed conformation during catalysis. Crystallographic studies indicated that the structure of themobile
loop is related to the form of the cofactor bound to the active site, allowing for asymmetry within the dimer. Since no information
on structural and functional asymmetry of the enzyme in solution is available in the literature, we investigated the active site
accessibility by determining the cofactor fluorescence quenching of PMP- and PLP-GSAM forms. PLP-GSAM is partially quenched
by potassium iodide, suggesting that at least one catalytic site is accessible to the anionic quencher and therefore confirming the
asymmetry observed in the crystal structure. Iodide induces release of the cofactor from PMP-GSAM, apparently from only one
catalytic site, therefore suggesting an asymmetry also in this form of the enzyme in solution, in contrast with the crystallographic
data.

1. Introduction

Chlorophyll, haem, coenzyme B
12
, and other tetrapyrrolic

compounds share the same biosynthetic origin. They are
assembled from four molecules of porphobilinogen, itself
the product of the linkage of two 5-aminolevulinate (ALA)
molecules [1]. In animals, yeast, and some bacteria, ALA is
synthesised in the Shemin pathway, by the condensation of
succinyl-CoA with glycine, followed by decarboxylation.The
overall reaction is catalysed by ALA synthase, a pyridoxal 5󸀠-
phosphate-dependent enzyme [2]. Plants, green algae, and
the majority of bacteria synthesise ALA in a completely dif-
ferent way. In these organisms, ALA is obtained through the

isomerisation of glutamate-1-semialdehyde (GSA), a com-
pound deriving from glutamate [3]. This reaction is catal-
ysed by glutamate-1-semialdehyde aminomutase (GSAM,
EC 5.4.3.8), an enzyme belonging to fold type I PLP-
dependent enzymes. The primary sequence and tertiary
structure of GSAM are strongly related to the class III of
aminotransferases [4]. GSAM is a potential target for safe
selective herbicides and antibiotics because, while it carries
out an essential role in the metabolism of plants and some
pathogenic bacteria, it is absent in animals [5].

Themechanismof the aminomutase reaction catalysed by
GSAM [6–8] is also closely analogous to that of the transam-
ination reaction [9]. The exceptional feature of GSAM is
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that, unlike aminotransferases, it catalyses an intramolecular
exchange of the amino and carbonyl moieties, which are
both present in the substrate. The catalytic cycle starts
with GSA and the pyridoxamine 5󸀠-phosphate (PMP) form
of the enzyme and is completed without the need of a
cognate amino acid substrate (Figure 1). A pivotal step in the
mechanism is the isomerisation between the two aldimine
intermediates that can be formed with either the 4 or
the 5-amino group of the 4, 5-diaminovalerate (DAVA)
intermediate. Whether this part of the reaction takes place
through dissociation of DAVA (steps 3 and 4 in Figure 1)
or formation of a geminal diamine intermediate (steps 3󸀠
and 4󸀠 in Figure 1) is unclear. Dissociation of DAVA appears
mechanistically unnecessary, and even detrimental, although
some dissociation has been found to occur to an extent
governed by the concentration of the enzyme itself [10].
The PLP form of the enzyme is unable to catalyse the
aminomutase reaction [10].

At the end of the purification procedure, dimeric GSAM
from Synechococcus contains a mixture of PLP and PMP
[7, 11]. This is invariably observed in GSAM purified from
other sources [8, 12]. Preparations of native GSAM can
be treated with substrate analogues that have either an
amino or a carbonyl function and, therefore, react in a half-
transamination reaction, converting the enzyme into either
the PLP form or the PMP form [13]. Notably, crystallographic
investigations on native GSAM from Synechococcus showed
that the distribution of PLP and PMPwas asymmetric within
each enzyme dimer [14, 15]. Moreover, the two subunits
showed asymmetry also in the mobility of a 19-residue loop
(spanning residues 153–181), which has been shown to control
access to the active site and limit the dissociation of theDAVA
intermediate [16]. Crystallographic studies have been also
carried out on the apoenzyme form and on double PLP or
double PMP forms (containing the same form of cofactor
in both subunits of the same dimer and obtained by adding
either PLP or PMP to the apoenzyme) [15]. In the apo form,
the active site loop is disordered in both subunits, whereas
in the double PMP form, it is ordered and symmetrically
opened. In the double PLP form, one loop is closed and the
other is disordered (Table 1). It seems that the loop cannot
be present in a closed conformation in both subunits at the
same time. It is clear that the conformational state of the
loop depends on the particular form of the cofactor present
at the active site and is functional to the reaction trajectory
of the aminomutase reaction catalysed by GSAM [15, 17].
When PMP is present at the active site, the loop is open,
thus allowing substrate entry and product release. In contrast,
when the active site contains PLP as internal aldimine and
the intermediate DAVA, the loop is closed and access to the
active site is obstructed by the short helical section of the loop
residues 164–168 [15].

Since no studies on the structural and functional asym-
metry of GSAM in solution have been reported in the
literature, we investigated the effect of different fluorescence
quenchers on the emission properties of the Synechococcus
enzyme in solution, in order to ascertain the existence of
a relationship between the form of the cofactor present at the
active site and its accessibility.

2. Materials and Methods

2.1. Materials. GSA aminomutase from Synechococcus was
expressed and purified as described previously [11]. All
chemicals and buffers were purchased from Sigma-Aldrich
(St. Louis, MO, USA) and were of the best available quality.

2.2. Conversion of the Native Enzyme into the PLP and PMP
Form. Complete conversion of the enzyme into the PLP
or PMP form was achieved using succinic semialdehyde
and racemic 4, 5-diaminovalerate (DAVA), respectively, and
followed by gel filtration. Succinic semialdehyde (20mM) or
DAVA (5mM) was added to a solution (1mL) of enzyme
(60–300𝜇M) in 100mM Na-Tricine buffer, pH 7.9. Succinic
semialdehyde or DAVA in the same buffer (1mL, same
concentrations)was loaded on aG-25 Sephadex column (45 ×
1 cm) and allowed to drain in before loading the enzyme.The
columnwas equilibrated and eluted with 100mMNa-Tricine,
pH 7.9.The high molecular mass fraction was collected in the
void volume well separated from small molecules.

2.3. Absorbance and Fluorescence Spectroscopy. PLP-GSAM
andPMP-GSAM, stored as concentrated solutions in 100mM
Tricine pH 7.9, were diluted in 20mM Tricine pH 7.9
for fluorescence and absorption spectroscopy experiments.
Experiments were carried out at 25∘C.

Absorption measurements were carried out using a Cary
Scan 400 spectrophotometer (Varian Inc., Palo Alto, CA,
USA). Temperature was maintained at 25 ± 0.5∘C with a
circulating water bath.

The fluorescence emission of tryptophans and the four
cofactor species under analysis were detected by exciting at
298 nm, 320 nm, 330 nm, 340 nm, and 420 nm, respectively,
using a FluoroMax-3 fluorometer (HORIBA Jobin Yvon,
Longjumeau Cedex, France) equipped with a thermostated
cell holder. Excitation and emission slits were set at 3 nm
except for excitation at 420 nm where 5 nm slits were used.
Spectra were corrected for buffer contribution. The accessi-
bility of the cofactor was assessed by fluorescence quenching.
CsCl, KI, and acrylamide solutions were prepared in 20mM
Tricine, pH 7.9. Na

2
S
2
O
3
at 0.01mMconcentrationwas added

to KI solutions to prevent iodide oxidation. Fluorescence of
either 6 𝜇MPLP-GSAM or 2𝜇MPMP-GSAM was excited at
330 nm using 5 nm slits. Quenching data were analyzed with
the Stern-Volmer equation [18]:

𝐹
0

𝐹

= 1 + 𝐾SV ⋅ [𝑄] , (1)

where 𝐹
0
is the fluorescence intensity in the absence of

the quencher, 𝐹 is the fluorescence at each given quencher
concentration, 𝐾 SV is the Stern-Volmer constant, and [𝑄] is
the concentration of the quencher.

2.4. Time-Resolved Fluorescence Spectroscopy. Fluorescence
intensity decays were measured by the phase andmodulation
technique [19, 20] using an ISS GREG 200 fluorometer (ISS
Inc., Champaign, IL, USA). PLP-GSAM fluorescence decays
weremeasured at a protomer concentration of 48.8𝜇M, upon
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Figure 1: Proposed mechanism for the reaction catalysed by GSAM.

Table 1: Conformation of the active site loop in different crystal
forms of dimeric Synechococcus GSAM [15].

Enzyme form Loop at subunit 1 Loop at subunit 2
apo-GSAM Disordered Disordered
PMP-GSAM Ordered, open Ordered, open
PLP-GSAM Ordered, closed Disordered

excitation at 330 nm performed using a 300W xenon lamp
and a Jobin Yvon monochromator with 16 nm band width. A
𝑝-bis [2-(phenoxazoyl)] benzene (POPOP) solutionwas used
as a lifetime standard reference (𝜏 = 1.05 ns). To eliminate
polarization artifacts in the intensity decay, data were col-
lected under magic angle conditions with the excitation light
polarized normal to the laboratory plane, 0∘, and the emission
polarizer oriented at 54.7∘ [20]. Samples were equilibrated at
25 ± 0.5

∘Cusing a jacketed cell holder and a circulating water
bath. A set of 20modulation frequencies, varied continuously
in the 2 to 200MHz range, was used. Data were fitted to
a sum of discrete exponentials [21] with lifetime 𝜏

𝑖
and

fractional intensity 𝑓
𝑖
by the Marquardt algorithm of the

Globals Unlimited software (University of Illinois, Urbana,
IL, USA) [22]. Frequency-independent standard error values
of 0.2∘ for phase data and 0.004 for modulation data were
routinely applied.The𝜒2minimizationwas the criterion used
to select the best fits [19, 21]. The 𝜏

𝑖
and 𝑓

𝑖
values reported

in Results and Discussion represent the average of three
measurements on different samples.

Mean lifetimes ⟨𝜏⟩ were obtained from lifetimes 𝜏
𝑖
and

fractional intensities 𝑓
𝑖
according to the equation [23]:

⟨𝜏⟩ = ∑𝛼
𝑖
⋅ 𝜏
𝑖
, (2)

where 𝛼
𝑖
, the preexponential factor for a multiexponential

decay law, was determined as

𝛼
𝑖
=

𝑓
𝑖
/𝜏
𝑖

∑𝑓
𝑖
/𝜏
𝑖

. (3)

3. Results and Discussion

3.1. Spectroscopic Properties of PLP-GSAM and PMP-GSAM.
Two freshly prepared forms of the enzyme from Synechococ-
cus were used: the PLP form (PLP-GSAM), obtained by
treating the native enzymewith succinic-1-semialdehyde, and
the PMP form (PMP-GSAM), obtained by the addition of
DAVA [13]. The absorption spectra of equimolar solutions
of PLP-GSAM and PMP-GSAM are shown in Figure 2.
The absorption spectrum of PLP-GSAM shows, in addition
to the band of aromatic amino acids centred at 278 nm,
a major band centred at 418 nm, typical of the internal
aldimine between PLP and the active site lysine, and a
modest though measurable absorbance at about 330 nm that
could be attributed to the enolimine tautomer of the internal
aldimine or to traces of PMP bound to the active site of the
enzyme. Several PLP-binding enzymes exhibit equilibrium
between enolimine and ketoenamine tautomers of the Schiff
base formed by the coenzyme with the active site lysine
(internal aldimine) or with a bound amino acid or reaction
intermediate (external aldimines). Ketoenamine tautomers
absorb light at longer wavelength with respect to enolimine
and are favored in more polar active sites [24]. PMP-GSAM
shows a band at 340 nm attributed to PMP in the active site
of the enzyme [6]. No absorption from the internal aldimine
of PLP is discernible in the visible range of the spectrum.The
absorption spectrum confirms that PMP-GSAM is pure with
respect to the content of the cofactor.
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Figure 2: Absorption spectra of PLP-GSAM and PMP-GSAM.
Absorption spectra of PLP-GSAM (solid line) and PMP-GSAM
(dashed line) recorded on a solution containing 7.1 𝜇M protein in
20mM Tricine, pH 7.9.

The intrinsic fluorescence of tryptophans and coenzyme
has been previously exploited to investigate structural and
dynamic features of some PLP-dependent enzymes and their
modification upon binding of substrates, inhibitors, and
regulatory molecules [25–30]. In GSAM, both PLP and PMP
are fluorescent upon excitation in either the UV or visible
range of the spectrum. At 298 nm, tryptophan fluorescence
is selectively excited, with almost no contribution from the
other aromatic side chains of tyrosine and phenylalanine.
When excited at 298 nm, both PLP-GSAM and PMP-GSAM
show an emission band centred at about 345 nm character-
istic of direct tryptophan emission (Figure 3(a)). Emission
from PMP-GSAM is slightly less intense than that of PLP-
GSAM. GSAM has two tryptophans, Trp53 and Trp67. Trp67
is buried inside the protein structure at about 10 Å from
the cofactor, whereas Trp53 is exposed to the solvent far
away from the active site. The distance between Trp67 and
the coenzyme is compatible with Förster resonance energy
transfer from the former to the latter [25, 31]. However,
differently from what observed for other PLP-dependent
enzymes like𝑂-acetylserine sulfhydrylase [25] or tryptophan
synthase [32], the perpendicular spatial disposition of the
two chromophores appears to hinder an efficient energy
transfer, as demonstrated by the emission spectrum upon
excitation at 298 nmwhere no bands around 500, attributable
to coenzyme emission, are observed, except for a barely
detectable shoulder in the case PLP-GSAM (Figure 3(a)).

Upon excitation at 420 nm, only PLP-GSAM yields
a significant emission, with a band centered at 500 nm
(Figure 3(b)). In agreement with absorption data, this obser-
vation further supports the notion that PMP-GSAM samples
do not carry significant amounts of cofactor in the PLP form.

Both PMP-GSAM and PLP-GSAM show fluorescence
emission upon excitation at around 330 nm (Figures 3(c)
and 3(d)). The shape of PMP-GSAM emission spectrum
does not depend on the excitation wavelength in the 320–
340 nm range, and the emission intensity is maximum at

𝜆ex = 340 nm, consistent with the absorbance spectrum
(Figure 2).The emission spectra of PLP-GSAM for excitation
at 320, 330, and 340 nm also show a broad band centred at
about 390 nm, that could be due to the direct emission of
the enolimine tautomer of PLP or to the presence of some
fraction of subunits carrying a chromophore in the PMP
form. If the latter was predominantly the case, we would
expect fluorescence emission to parallel the behaviour of
PMP-GSAM, with emission intensity increasing consistently
from 𝜆ex = 320 nm to 𝜆ex = 340 nm. Moreover, the
emission band of PLP-GSAM excited at 320 and 330 nm
appears to have a slightly red-shifted (by 3-4 nm) peak
wavelength with respect to PMP-GSAM, and is definitely
more asymmetric, being broader on the low energy side of
the emission spectrum (the ratio of emission intensity at 390
and 500 nm is about 5, compared to more than 20 for PMP-
GSAM). Furthermore, differently from PMP-GSAM, when
PLP-GSAM is excited at 340 nm, the main emission band
is slightly decreased in intensity and is accompanied by a
shoulder at about 500 nm (Figure 3(c)), most likely due to
direct excitation of the high energy tail of the absorption band
of PLP ketoenamine tautomer [30, 33, 34]. The presence of
a discrete emission at around 500 nm could also originate
from the ketoenamine tautomer that forms in the excited
state following proton transfer from the 3󸀠-OH group to the
imine nitrogen [35, 36].This observation further supports the
view that the absorption at around 330 nm arises from the
enolimine tautomer of the internal aldimine rather than from
a substituted aldimine, as previously pointed out for other
PLP-dependent enzymes [35, 37].

The results of absorbance and fluorescence emission
spectroscopic characterization clearly indicate that the PLP-
GSAMand PMP-GSAMpreparations used in this work are at
least 90% pure with respect to the state of the bound cofactor.

3.2. Fluorescence Quenching. Fluorescence quenching is a
powerful technique to assess the accessibility of fluorophores
to the solvent. We have previously exploited this approach
to investigate changes in cofactor accessibility of wild-type
and mutant forms of another PLP-dependent enzyme, 𝑂-
acetylserine sulfhydrylase [38]. Quenchers that are com-
monly used in protein fluorescence are caesium (as chloride
salt), iodide (as potassium salt), and acrylamide.The different
polarity and charge of these molecules allow the application
of fluorescence quenching to assess the accessibility of both
apolar and polar sites. In fact, the polarity of the site entrance
influences the access of the quencher independently of the
steric accessibility of the site. The active site of GSAM
is mainly edged by positively charged residues likely to
hamper the access to the positively charged caesium ions
[14]. Quenching experiments were carried out exciting the
fluorescence of the cofactor at 330 nm. Both acrylamide and
caesium chloride proved to be ineffective at quenching the
cofactor fluorescence. In particular, whereas acrylamide does
not show any effect on the emission intensity of the cofactor
up to about 1M, caesium chloride induces an increase, rather
than a decrease, in the cofactor emission intensity of both
PMP-GSAM and PLP-GSAM (Figure 4(a)). The same effect
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Figure 3: Fluorescence emission spectra of PLP-GSAM and PMP-GSAM. To allow direct comparison of the data, the reported spectra are
normalized for protein concentration. Spectra were collected in 20mM Tricine buffer, pH 7.9 solutions and were normalized to a protein
concentration of 7𝜇M. (a) Emission spectra of PLP-GSAM (solid line) and PMP-GSAM (dashed line) upon excitation at 298 nm with 3 nm
emission and excitation slits. (b) Emission spectra of PLP-GSAM (solid line) and PMP-GSAM (dashed line) upon excitation at 420 nm with
5 nm emission and excitation slits. (c) Emission spectra of PLP-GSAM upon excitation at 320 nm (solid line), 330 nm (dotted line), and
340 nm (dashed line) with 3 nm emission and excitation slits. (d) Emission spectra of PMP-GSAM upon excitation at 320 nm (solid line),
330 nm (dotted line), and 340 nm (dashed line) with 3 nm emission and excitation slits.

is observed if caesium chloride is substituted by potassium
chloride (Figure 4(a)) or potassium acetate (data not shown),
suggesting a nonspecific effect of the ionic strength on the
fluorescence quantum yield of the cofactor.The effect is more
pronounced on PMP-GSAM, leading to a doubling of the
signal at about 140mM salt.

On the other hand, potassium iodide is effective in
quenching the fluorescence of PLP-GSAM (Figure 4(b)),
indicating that at least one catalytic site is in an open confor-
mation, accessible to the anionic quencher. The linearity of
data shown in Figure 4(b) demonstrates that the enolimine
form of enzyme-bound PLP is exposed to a structurally
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Figure 4: Dependence of fluorescence emission intensity on quencher concentration. (a) Dependence of the relative emission intensity at
384 nm, upon excitation at 330 nm, of PLP-GSAM (circles) and PMP-GSAM (squares) on caesium chloride (closed symbols) and potassium
chloride (open symbols) concentration. (b) Stern-Volmer plot for the quenching of PLP-GSAM by iodide. The line through data points
represents the fitting to (1).

homogeneous environment. The ionic radius of Cs+ is about
1.6 Å whereas the ionic radius of I− is about 2.2 Å, so the
differences in the accessibility to the active site cannot be
ascribed to steric effects but rather to electrostatic repulsion
between Cs+ and polar or positively charged groups at the
active site entrance. The analysis of experimental data in
Figure 4(b) according to (1) (Materials and Methods) gave a
Stern-Volmer constant (𝐾SV ) value of 0.84 ± 0.01M

−1. Since
the value of 𝐾SV that we measured for quenching by iodide
of free PLP in solution is 2.61 ± 0.07M−1, in agreement with
data present in the literature [39], it appears that the active
site of PLP-GSAM is only partially accessible to the solvent.
More significantly, the difference between the bimolecular
quenching rate constants (i.e., the ratio between 𝐾SV and the
lifetime of the excited state [39–41]) of free PLP and PLP-
GSAM complexes, that are the true measure of active site
accessibility, should be larger than the difference between
the Stern-Volmer constants, considering that the fluorescence
lifetime of free PLP is expected to be significantly smaller than
that of protein-bound PLP. The fluorescence lifetime decays
of PLP-GSAM are well fitted by two discrete exponential
components with lifetimes of 8.6 ± 0.2 and 1.40 ± 0.05 ns
and fractional intensity of 10.3 ± 0.8% and 89.7 ± 0.8%,
respectively, (data not shown). The mean lifetime, calculated
as reported in Materials and Methods, is 1.53 ns. This value
can be compared to those calculated from data reported
in the literature [25] for free PLP in solution and PLP-L-
valine, amodel compound of PLP Schiff base, upon excitation
at 330 nm : 0.32 ns and 0.68 ns, respectively. By considering
the latter a better mimic of PLP bound to the enzyme as
an internal aldimine, a ratio of about 7 can be calculated
between the apparent bimolecular quenching rate constant
of PLP-L-valine (3.84 ⋅ 10−9M−1 s−1) and PLP-GSAM (0.55 ⋅
10
−9M−1 s−1). These values are in good agreement with

those previously reported for free coenzyme and the internal

aldimine of the PLP-dependent enzyme tryptophan synthase
𝛼
2
𝛽
2
complex (0.52 ⋅ 10−9M−1 s−1) [39], known to be in an

“open” conformation [42].
At potassium iodide concentrations higher than 0.5M,

the Stern-Volmer plot of PLP-GSAM quenching by iodide
shows an upward curvature (Figure 4(b)) that could be due
to a static quenching component or to a conformational
change in the protein structure that leads to a change in the
accessibility of the active site to the quencher. For example, an
upward curvature of the Stern-Volmer plot of the tetrameric
PLP-dependent enzyme tryptophan synthase was attributed
to subunit dissociation induced by potassium iodide [39].

Interestingly, the same iodide quenching experiment on
PLP-GSAM, carried out following the fluorescence emission
intensity upon excitation at 420 nm, gives only small changes
in the relative fluorescence intensity (data not shown). This
suggests that the fraction of PLP present in the ketoenamine
form is less accessible by the anionic quencher. This could be
due in principle to a closed conformation of the active site or
to a different arrangement of polar and charged residues at
the active entrance with respect to the enolimine tautomer.

All together, the results obtained with PLP-GSAM indi-
cate, in agreement with the crystallographic data, a degree of
structural asymmetry in the microenvironment surrounding
the enzyme-bound PLP. This asymmetry might correspond
to an asymmetric distribution of the ketoenamine (less
accessible) and enolimine forms of PLP at the two active sites
of the enzyme.

The dependence of the emission spectrum of PMP-
GSAM on potassium iodide concentration is complex. The
intensity of the emission upon excitation at 330 nm increases
with increasing KI concentrations up to about 250mM and
then decreaseswith a red shift of the peakmaximum (data not
shown). Differently from what we observed on PLP-GSAM,
the emission signal in the presence of KI is not stable with
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Figure 5: KI-induced release of the cofactor from PMP-GSAM. (a) Fluorescence emission spectra upon excitation at 330 nm of 2𝜇M PMP-
GSAM in the absence (solid line) and in the presence (dashed line) of 50mM KI (after 195 minutes incubation). The emission spectra of
2𝜇M PMP in Tricine (dashed-dotted line) and 1𝜇M PMP in tricine plus 1𝜇M PMP-GSAM (dotted line) are shown for comparison. Inset:
time course of the fluorescence emission intensity of 2𝜇M PMP-GSAM (𝜆ex = 330 nm, 𝜆em = 386 nm) after the addition of 50mM KI. (b)
Absorbance spectrum of a solution of PMP-GSAM before (solid line) and after (dashed line) treatment with 50mMKI.The protein solution
was mixed with a concentrated solution of KI to a final concentration of 50mM and extensively dialyzed first against 50mM KI in tricine
buffer pH 7.9 and then against KI-free buffer.

time, but, at low KI concentrations, it increases with time
(Figure 5(a), inset). The fluorescence emission intensity of
PMP free in solution is about 3 times higher than that of PMP
bound to GSAM (Figure 5(a)). The increase of fluorescence
emission caused by KI could thus be due to the release
of the cofactor from the catalytic site, and the decrease
and red-shifting of emission intensity at higher quencher
concentration might be related to quenching of PMP free
in solution. Indeed, the spectrum of 2 𝜇M PMP-GSAM after
195 minutes incubation in 50mM KI nearly coincides with
that calculated, adding the absorption of 1 𝜇M PMP in the
presence of 50mM KI to that of 1𝜇M PMP-GSAM. This
finding suggests that about 50% of the cofactor has been
released from PMP-GSAM complex. This was confirmed
by dialysis experiments in which a solution of PMP-GSAM
containing 50mMKIwas first dialysed against 50mMKI and
then against KI-free buffer. After dialysis, the absorption peak
of the cofactor was reduced by 1.6-fold (Figure 5(b)), further
indicating that treatment with KI causes the release of about
50% PMP from PMP-GSAM. Other anions were previously
shown to cause, at high concentration, the release of PMP
from the active site, for example, GSAM from pea leaves
treated with 0.2M phosphate at acidic pH [43]. Interestingly,
also in that case the release of PMP was not complete, about
44% of the theoretical amount.

Our results, showing that 50% of PMP dissociates from
the enzyme at low KI concentration, suggest the release
of PMP from only one active site and imply a structural
asymmetry of the double PMP form of GSAM. This is in
contrast with the previously published crystallographic data,
showing that in the PMP-GSAM form, the active site loop
is ordered and symmetrically opened in both subunits [15].
The asymmetry of PMP-GSAM in solution could be either

preexisting or be generated once a single PMP molecule has
left the dimer. The preexisting asymmetry could originate
from the different experimental protocols used to prepare
PMP-GSAM: by addition of PMP to the apoenzyme (crys-
tallographic data), or by the addition of DAVA to the native
enzyme, that is typically purified as an asymmetric PLP/PMP
form (this work). In our PMP-GSAM, one active site of the
dimer may still contain the reaction product. Indeed, we
previously observed some instability, upon prolonged stor-
age, of the PLP- and PMP-GSAM preparations obtained by
reacting native GSAM with substrate analogues undergoing
half-transamination reaction. Although from the absorption
spectra, they appear to contain only one or the other form of
the cofactorwhen freshly prepared, they seem to slowly revert
to a form containing both PLP and PMP (data not shown).
Interestingly, in the characterisation of different spectral
forms of GSAM by electrospray mass spectrometry, Brody et
al. [44] reported that reduction with NaBH

4
of the PLP form

yielded two molecular species of different mass, suggesting
that the cofactor was actually present also as PMP. The PMP
form obtained by the same authors was also recognised to
have a “barely detectable” absorption peak at 420 nm.

4. Conclusion

The asymmetry of the active site loop conformation between
subunits of dimeric glutamate-1-semialdehyde aminomutase
in solution was investigated by fluorescence spectroscopy.
Cationic and neutral quenchers are ineffective in quenching
PMP-GSAM and PLP-GSAM fluorescence, likely due to
the distribution of positive charges that characterizes the
entrance of the active site of both enzyme forms. On the other
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hand, KI quenches PLP-GSAM fluorescence, although only
the fraction of coenzyme molecules present as the enolimine
tautomer is significantly accessible to the solvent, clearly
indicating an asymmetric structure of the active sites. These
observations match the crystallographic data, which show
an asymmetric conformation of the loop controlling access
to the active site, so that when the enzyme is in the double
PLP form, one loop is closed and the other is disordered
[15]. Due to the known effect of environment polarity on the
equilibrium between the enolimine and ketoenamine forms
of PLP, it is tempting to assume that selective quenching of the
enolimine arises from asymmetric loop closure stabilizing a
different equilibrium of tautomers at the two active sites.

Comparatively low concentrations of KI cause the release
of PMP from PMP-GSAM, apparently only from one subunit
of the dimer. A possible interpretation of this result is
that the double PMP-GSAM presents active site structural
asymmetry, in contrast to previous crystallographic reports.
Alternatively, this asymmetry may be generated once one
PMP molecule has left the dimeric enzyme. This latter
explanation is not in contrast with the crystallographic data
and relies on the fact that communication between subunits
of the GSAM dimer has been shown experimentally and has
been proposed on the basis of structural and mechanistic
considerations [15–17].

Other important examples of involvement of an active
site gating loop in PLP-dependent catalysis are found in fold-
type I decarboxylases, such as human isoforms of glutamate
decarboxylase [45] and DOPA decarboxylase [46]. In these
enzymes, an active site loop plays a pivotal role in controlling
reaction specificity. In𝑂-acetylserine sulfhydrylase, the inter-
action of the substrate carboxylate with a substrate-binding
loop, highly conserved from bacteria to plants, triggers the
closure of the active site to favor catalysis through proper
positioning of substrate-binding groups and exclusion of
water molecules [47–49]. Indeed, the control of substrate
and reaction specificity, and catalytic efficiency, through an
equilibrium between “open” and “closed” states of the active
site appears to be a common feature in PLP-dependent
enzymes [50].

Abbreviations

ALA: 5-Aminolevulinate
DAVA: 4,5-Diaminovalerate
GSA: L-Glutamate-1-semialdehyde
GSAM: Glutamate-1-semialdehyde aminomutase
PLP: Pyridoxal 5󸀠-phosphate
PLP-GSAM: GSAM form with PLP bound to both

subunits of the dimer
PMP: Pyridoxamine 5󸀠-phosphate
PMP-GSAM: GSAM form with PMP bound to both

subunits of the dimer.
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Alanine-glyoxylate aminotransferase catalyzes the transamination between L-alanine and glyoxylate to produce pyruvate and
glycine using pyridoxal 5󸀠-phosphate (PLP) as cofactor. Human alanine-glyoxylate aminotransferase is a peroxisomal enzyme
expressed in the hepatocytes, the main site of glyoxylate detoxification. Its deficit causes primary hyperoxaluria type I, a rare
but severe inborn error of metabolism. Single amino acid changes are the main type of mutation causing this disease, and
considerable effort has been dedicated to the understanding of the molecular consequences of such missense mutations. In this
review, we summarize the role of protein homeostasis in the basicmechanisms of primary hyperoxaluria. Intrinsic physicochemical
properties of polypeptide chains such as thermodynamic stability, folding, unfolding, andmisfolding rates as well as the interaction
of different folding states with protein homeostasis networks are essential to understand this disease. The view presented has
important implications for the development of new therapeutic strategies based on targeting specific elements of alanine-glyoxylate
aminotransferase homeostasis.

1. Alanine-Glyoxylate Aminotransferase and
Primary Hyperoxaluria Type I

Alanine-glyoxylate aminotransferase (AGT) is one of the
aminotransferases that has raised most biomedical interest,
since its deficiency causes primary hyperoxaluria type I
(PH1), a rare inherited entity with unique features in terms
of cellular and molecular biology of human disease. AGT,
encoded by the AGXT gene, catalyzes the transamination
between L-alanine and glyoxylate to produce pyruvate and
glycine using pyridoxal 5󸀠-phosphate (PLP) as cofactor.

As it has been the case for a number of advances in the
understanding of the molecular basis of disease, the in-depth
analysis of the pathogenesis of PH1 has shed light into a
broader field, such as the subcellular compartmentalization

of enzymes or the effect of gene modifiers on phenotype
and the synergy between mutations and common genetic
polymorphisms.

1.1. Role of AGT in Glyoxylate Metabolism. Glyoxylate is
a two-carbon keto-acid of intermediary metabolism, with
glycine, glyoxal, hydroxyproline, and glycolate as its best
known sources in humans. Glyoxylate is readily converted
into oxalate by various dehydrogenases and oxidases, includ-
ing lactate dehydrogenase (LDH). Oxalate is an end prod-
uct of metabolism in mammals that has to be eliminated
with the urine; otherwise, it tends to precipitate as tissue-
damaging calcium oxalate.The relevance of glyoxylate detox-
ification to human health is underscored by the deleterious
consequences of inherited mutations in genes coding for
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Figure 1: Summary of the glyoxylate metabolism in human
hepatocytes. Simplified pathways involving glycine, glycolate,
and hydroxyproline as the main sources of glyoxylate. Perox-
isomal glyoxylate is detoxified by AGT, while mitochondrial
and cytosolic glyoxylate is reduced to glycolate by GRHPR,
preventing excessive oxidation to oxalate by LDH. Hydrox-
yproline metabolism results in the production of 4-hydroxy-2-
oxoglutarate that is normally split into glyoxylate and pyruvate
by HOGA1. PyrrOHcarbox=pyrroline-5-carboxylate; HGlu= 4-
hydroxy-glutamate; HO-Glu=4-hydroxy-2-oxoglutarate. The three
genetic defects currently known to cause PH are inheritedwith auto-
somal recessive pattern. The genes involved are alanine-glyoxylate
aminotransferase (AGXT, at 2q37.3, MIM∗604285), for PH type I
(PH1, MIM#259900), glyoxylate reductase/hydroxypyruvate reduc-
tase (GRHPR, at 9q12, MIM∗604296), for PH type II (PH2,
MIM#260000), and 4-hydroxy-2-oxoglutarate aldolase (HOGA1 at
10q24.2, MIM∗613597), for PH type III (PH3, MIM#613616).

key enzymes in this pathway, AGXT being one of them
(Figure 1). Human conditions characterized by high oxalate
levels in urine are known as hyperoxalurias, and their genetic
forms, termed primary hyperoxalurias (PH), are due to high
oxalate production by hepatocytes deficient in one of these
enzymes [1–3]. PH patients have urinary excretion levels
>0.5mmoL/1.73m2 per day (typically >1mmoL/1.73m2),
while normal oxalate excretion is below 0.45mmoL/1.73m2.

Since LDH is abundant in the hepatocyte cytosol and
vertebrates do not have a functional glyoxylate shunt capable
of using glyoxylate as a substrate for the tricarboxylic acid
cycle, most of the glyoxylate generated must be metabolized
within organelles such as the peroxisome and mitochondria
in order to limit oxalate production. To further control the
levels of oxalate produced, cytosolic glyoxylate reductase
(GRHPR) competes with LDH for glyoxylate, reducing it to
glycolate, a highly soluble two-carbon molecule.

Glyoxylate detoxification reflects the evolutionary ori-
gins of metabolic partitioning into the various subcellular
organelles [5]. Thus, the subcellular distribution of the key
enzymes of the glyoxylate detoxification pathway has been
under evolutionary pressure and diet must have been an
important component of such pressure, since glycolate is

abundant in vegetables while hydroxyproline is abundant in
meat.

Human AGT is a hepatocyte-specific enzyme that is
normally located in the peroxisomes only [6], making
this organelle an efficient site for detoxification of glyoxy-
late either imported from the cytosol or mitochondria or
produced in situ by either D-amino acid oxidase (DAO)
or hydroxyacid oxidase (HAO1) (glycolate oxidase), using
glycine or glycolate as substrate, respectively. The peroxi-
some membrane is permeable to glycolate, glyoxylate, and
other small hydrophilic solutes, largely through the PXMP2
channel [7]. Since AGT can tolerate high glyoxylate concen-
trations [8], the peroxisome, rich in AGT, plays a crucial
role as glyoxylate detoxifying compartment that shields the
surrounding cytoplasm from glyoxylate accumulation and
secondary oxalate production.

Mitochondria also play an important role in glyoxylate
metabolism [9, 10]. In humans, this role is based on their
capacity to metabolize hydroxyproline [11], but in mammals
with mitochondrial AGT this enzyme is also central to
glyoxylate detoxification in this organelle. Collagen, con-
taining ∼15% hydroxyproline, is a major constituent of
extracellular matrix and daily collagen turnover yields 300–
450mg hydroxyproline, accounting for the production of
180–240mg glyoxylate [12, 13]. The last step of this path-
way involves the cleavage of 4-hydroxy-2-oxoglutarate (2-
keto-4-hydroxyglutarate) into glyoxylate and pyruvate by 4-
hydroxy-2-oxoglutarate aldolase (HOGA1). The glyoxylate
can then be converted to glycolate by GRHPR.

1.2. Primary Hyperoxaluria Type I. PH has an estimated
prevalence of 1–3 per million population and an estimated
incidence rate of ∼1 : 100,000 live births per year in Europe
[14–16], although the exact prevalence is unknown due to
underdiagnosis. The most comprehensive attempts to esti-
mate the true incidence of the disease [16] have resulted in
higher incidence rates than previously reported. Higher rates
have also been found in historically isolated populations,
like the Canary Islands, due to founder effect [17]. Although
PH accounts for less than 1% of children in end-stage renal
disease (ESRD) registries of developed countries [18], almost
10% of Kuwaiti children and 13% of Tunisian children with
ESRD have been reported to suffer PH [19, 20].

PH1, caused by deficient or mistargeted AGT [21], is the
most common (around 80%) and the most severe PH type,
usually resulting in ESRD at some point, although with a
wide range of severity. At ESRD, the buildup of oxalate in
the body (known as oxalosis) quickly results in bone, heart,
skin, and retinal complications. Oxalosis is a life-threatening
condition, unless liver-kidney transplantation is performed
[14, 17, 22].

The interest in PH1 prompted the cloning ofAGXT cDNA
[23, 24], using probes from the orthologous rat gene [25].
The gene has 11 exons and spans ∼10 kb [26], resulting in a
1.7 kb mRNA with a coding sequence of 1,176 bp. The gene
product AGT is a homodimeric protein, each 43 kDa subunit
containing 392 amino acids and holding one molecule of
PLP as cofactor [27]. The main N-terminal domain contains
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most of the catalytic active site, the cofactor-binding site, and
the dimerization interface. The smaller C-terminal domain
is known to interact with the peroxisomal receptor PEX5,
targeting the dimer to the peroxisome. AGT, carrying a non-
canonical peroxisomal targeting sequence (PTS1), is among
the peroxisomal proteins with the weakest affinities for PEX5
[28]. An ancillary sequence surrounding amino acids 324–
345 has been proposed to help the peroxisomal targeting of
AGT [29]. A recently released crystal structure of the AGT
in complex with the PTS1-binding domain of PEX5 (PDB:
3IMZ) also confirmed that residues 303–306 and 327–330 are
largely buried upon binding. In fact, AGT binds to PEX5with
∼10-fold higher affinity than its PTS1 octapeptide, showing
the functional role of this ancillary sequence in PEX5 binding
[30].

The 3D structure of AGT (PDB: 1H0C) [27] has provided
important information to better understand the function of
the protein and the effect of changes in amino acid that
account for a majority of the PH1 mutations (see Section 3
below).

More than 150 mutations have been described for AGXT,
and they have been summarized recently [31]. Missense
mutations are common, followed by small insertion/deletions
(indels). Wild type AGXT comes in two polymorphic vari-
ants, themost frequentmajor haplotype (refseqNM 000030)
and the less frequent minor haplotype, carrying two single
amino acid substitutions (p.P11L and p.I340M) among other
genomic changes in strong linkage disequilibrium. Since
these twopolymorphisms are quite old,most of the individual
PH1 mutations described are typically found in either the
major or minor haplotype, but rarely in both, which is useful
when searching for mutations in new PH1 cases [32]. The
minor haplotype (simply defined by the refSNP rs34116584,
p.Pro11Leu), with an allelic frequency of 0.1-0.2 in western
countries and average heterozygosity around 0.2, does not
cause PH1 by itself, but it is known to act synergistically with
the deleterious effects of several common mutations [33, 34].

1.3. Molecular Mechanisms of Disease. AGXT mutations
result in severe reductions of AGT enzymatic activity in
the peroxisome, with a relatively wide range of residual
activity, depending on the mutations present in both alleles
[35]. Although AGT functions as a dimer, all the mutations
described so far are related to loss of function, with recessive
pattern of inheritance, without evidence of potential domi-
nant negative effect.

Small indels are responsible for some PH1 cases due to
AGT synthesis defects, most notably c.33dupC, the main
mutation of the major haplotype, with the predicted conse-
quence of early stop codon and nonsense mediated mRNA
decay. We could also include in this category of synthesis
defects most splicing mutations and occasional missense
mutations leading to highly unstable protein that is degraded
rapidly, such as p.S205P [36]. But the majority of PH1
alleles are missense mutations, with four potential molecular
mechanisms involved: mitochondrial mistargeting, protein
aggregation, catalytic defects, and enhanced turnover.

About a third of PH1 alleles involve the p.G170R substitu-
tion, in the minor haplotype, which is responsible for mito-
chondrial mistargeting of the gene product, becoming one
of the best known examples of human mutations resulting
in mistargeting as the main mechanism of disease [37–39].
In addition to p.G170R, p.F152I, also in the minor haplotype,
was found to cause AGT mistargeting to the mitochondria
instead of the peroxisome, depleting the latter organelle of its
glyoxylate detoxifying capability.

The polymorphism p.P11L of the minor haplotype plays
a crucial role for p.G170R to result in mitochondrial mistar-
geting [40], which has been associated to impaired folding
efficiency to form functional dimers, therefore allowing
mitochondrial import of mutant AGT [41].

Protein aggregation is a relatively frequent outcome of
missense mutations in conformational diseases [42]. Several
of the most frequent PH1 mutations of the minor haplo-
type, such as p.G41R [37] and p.I244T [34], are known to
display protein aggregation. The p.P11L polymorphism was
also found to play a crucial role for the I244T mutation
to result in a conformationally unstable protein, prone to
aggregation [34], while the p.G41R mutation disturbs the
local interactions of the N-terminus, causing conformational
instability as well [43].

Catalytic defects are a common mechanism of disease
in inborn errors of metabolism involving enzyme-coding
genes. Enzymatic characterization of several PH1 missense
mutations (p.G82E, p.G41R, and p.F152I) have demonstrated
significant alterations in their performance, including strong
decreases in catalytic efficiency and reduced binding affinities
for PLP and PMP cofactors [44].

Genotype-phenotype correlations have been described
for some mutations of the AGXT gene [33, 45, 46], but
the wide allelic heterogeneity limits this type of analysis
to the most common mutations, unless large international
registries are used. Significant environmental influences and
the potential effect of geneticmodifiers also play an important
role to the point that siblings who share the same genotype
could have very different clinical phenotypes [47].

2. Structure-Function Relationships of AGT

The crystal structure of AGT was solved at atomic resolution
[27] to gain insights on the molecular and structural basis
of the disease. AGT is a homodimer with each protomer
folded into a large N-terminal domain (residues 22–282) and
a smaller C-terminal domain (283–392). Most of the contacts
within the dimer involve the large N-terminal domain.
Besides, a long unstructured N-terminal tail (residues 1–21)
grabs the subunits within the dimer (Figure 2(a)).This struc-
ture provided valuable information about the enzyme func-
tioning and a framework to map the mutations of the AGT
gene. This analysis showed that they are almost randomly
scattered over the entire three-dimensional structure of the
enzyme [30], making it difficult to establish general rules on
the molecular consequences of these variants. However, the
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Figure 2:The structure of AGT. (a) A ribbon representation of the dimeric AGT structure (PDB code 1H0C) colored to highlight the domain
organization.Theblack squares represent the zoomed sections shown in panels 1b and 1d. (b)A representation of the PLP binding site; G82 and
H83 are in the vicinity of the cofactor. (c) A schematic representation of the possible “almost folded” AGT intermediates. (d) A representation
of the AGT Pep5x intermolecular interface. The molecular surface representation of Pex5p is also displayed and colored in cyan. Those AGT
residues interacting with Pep5x are displayed in a stick representation.

available structural information resolves central questions on
the knowledge about the basis of the disease.

The effect of mutations affecting the enzymatic properties
of AGT can be rationalized in structural terms. p.G82E and
p.H83R are well characterized to produce catalytic defects
[8, 48].The analysis of the structure reveals that both of them
cluster in the vicinity of the active site. These changes involve
bulkier side chains that hinder either cofactor or substrate
binding (Figure 2(b)). By contrast, the attempts to rationalize
the effect of variants leading to protein aggregation in terms
of the structure have been unsuccessful since it is likely that
either kinetic and/or thermodynamic changes are the main
mechanism involved [48]. The modeling of these mutations
on the structure reveals no significant changes since they
often involve either conservative changes or solvent accessible
residues. Consequently, it is not expected to induce large
predictable conformational changes in AGT structure.This is
well illustrated by the structural analysis of theG170R variant,
which resulted in a nearly identical structure to the wild type
[49]. In addition, the expression of many of these mutations
yields unstable aggregated and/or partially unfolded products
that cannot be crystallized.

The three-dimensional structure of the complex between
the ring chaperonin GroEL and AGT-LTM variant provided
evidence that the mutated enzyme is able to form nonnative
folding intermediates that interact with the chaperone [50].

These intermediates consist of an “open” version of AGT
protomer in which the small and the large domains are
correctly folded (Figure 2(c)). Such intermediates may be
prone to protein aggregation but they constitute a promising
target for pharmacological chaperones.

The crystal structure of the AGT in complex with the
PTS1-binding domain of Pex5p was determined to shed light
into the mechanism of AGT import into peroxisomes [30].
The complex displays Pex5p-AGT-AGT-Pex5p stoichiometry
and confirms that dimeric and perfectly folded AGT interacts
with the receptor. On the AGT side, the complex buries
completely those residues forming the PTS1 and some con-
stituting the smaller C-terminal domain (Figure 2(d)). This
suggests that those mutations affecting the surface properties
of the interaction area will affect the import to peroxisomes.

3. Biophysical, Biochemical, and Cell Biology
Approaches to Study AGT Deficiency and
Protein Homeostasis Defects

Protein homeostasis controls the functional properties of
proteins by minimizing the presence of misfolded protein
states that may be damaging to cellular function [51, 52].
A complex and highly interacting and regulated network of
pathways, involving over 800 different proteins, is in charge
of protein homeostasis [53], regulating protein synthesis,
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Figure 3: A simple scheme representing potentially important checkpoints in the folding and misfolding of human AGT. After ribosomal
synthesis, the AGT monomer is maintained in a partially folded and soluble state upon interaction with Hsp40 chaperones allowing its
engagement to the Hsp70 machinery. Correct folding may proceed through the transfer of the partially folded polypeptide to the Hsp90
and Hsp60 machineries leading to the folded holo-AGT dimer and peroxisomal import through the Pex5p import machinery. However,
PH1 causing mutants to show enhanced interactions with Hsp70, Hsp60, and Hsp90 chaperone systems which may (i) delay correct folding
eventually causing AGT aggregation; (ii) allow engaging the proteasomal degradationmachinerymediated by CHIP and BAG-1 proteins; (iii)
allow Hsp70/Hsp90 mediated presentation to the mitochondrial import machinery via TOM20 or TOM70 receptors. For further details and
references, see the main text.

folding, trafficking, and degradation [51, 52]. Protein home-
ostasis defects are associated with aging and disorders of
protein folding, including metabolic diseases, cancer, and
neurodegenerative diseases [51, 52, 54]. In the context of
protein homeostasis, intrinsic physicochemical properties of
polypeptide chains such as thermodynamic stability, folding,
unfolding, and misfolding rates as well as the interaction of
different folding states with protein homeostasis networks
are essential to understand protein folding and misfold-
ing under physiological and pathological conditions [54].
In this section, we summarize the knowledge on protein
homeostasis defects in PH1 to provide a comprehensive and
integrated perspective of PH1 as a folding disease. The view
presented has important implications for the development
of new therapeutic strategies for PH1 based on targeting
specific elements of AGT protein homeostasis (summarized
in Figure 3).

3.1. Stability of AGT Variants toward Chemical Denaturants,
Temperature, and Proteases: Mechanistic Implications. Sev-
eral studies have addressed the unfolding of AGT, both wild
type (WT) and PH1 mutants, by either chemical denaturants
(guanidine, urea, and pH) [55–57] or temperature [44, 48, 56,
57]. The mechanistic studies derived from these studies are
discussed in this section in some detail.

3.1.1. Chemical Denaturation of AGT WT and Disease Caus-
ing Variants: Presence of Unfolding Intermediates. Chemical
unfolding by guanidium, urea, and mild acidic pH has been
shown to irreversibly denature AGT at the experimental
conditions used by different research groups [55–57]. We
must note that the term irreversible is used here to indicate
that removal of the denaturant does not provide the refolding
yields required for applying equilibrium thermodynamic
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analyses. However, wemust also note that verymild refolding
conditions have proved to enhance remarkably AGT refold-
ing yields [58]. Therefore, we will not attempt to extract
thermodynamic information from the biophysical studies
discussed here, even though they may provide insight into
partially folded states that could be relevant to understand the
(un)folding pathways of AGT variants in vitro (and possibly
intracellularly), the effect of PH1 mutants on folding of AGT
and the role of molecular chaperones in AGT folding and
misfolding.

Unfolding of holo-and-apo AGT WT, minor AGT (LM,
p.P11L-I340M) and LM-G170R (p.G170R in minor AGT -
LM-, LRM for short) variants by guanidium hydrochloride
and mild acidic pH have revealed the presence of a molten-
globule-like unfolding intermediate (MG). This MG inter-
mediate does not refold to the native state spontaneously
and is able to interact with molecular chaperones in cell-
free systems, suggesting that last folding steps of AGT may
require help from molecular chaperones in vitro and intra-
cellularly [57]. Interestingly, Hopper et al. [56] have shown
that native state ligands such as PLP and AOA stabilize AGT
WT and LM towards guanidium denaturation, even though
the thermodynamic or kinetic basis of such stabilization
and their relation with the partially unfolded states are
unclear. Aggregation-prone unfolding intermediates are also
observed in the urea induced denaturation of AGT, especially
in the apo-forms and/or when the P11L polymorphism is
present [55]. Indeed, the partially unfolded states found in
the unfolding pathways of LRM variant might be related to
its tendency for mitochondrial import [55], also explaining
the strong interaction of this variant along its folding process
with Hsp70 and Hsp90 chaperones in cell-free systems [57].
Additionally, aggregation of apo-AGTWT in refolding trials
is prevented by the presence of the bacterial Hsp40 DnaJ in a
concentration dependent manner (Figure 4), suggesting that
binding to this chaperone is the first step to engage the Hsp70
machinery (Figure 3).

3.1.2. Thermal Denaturation of AGT Variants: The Role
of AGT Kinetic Stability in PH1. Thermal denaturation of
AGT variants has been monitored by multiple techniques,
including activity, circular dichroism, differential scanning
fluorimetry (DSF), and differential scanning calorimetry
(DSC) [43, 44, 48, 55–57, 59, 60]. All these studies have
shown that withdrawal of PLP has a dramatic effect in terms
of stability, reducing 20–25∘C AGT thermal stability. The
denaturation of holoproteins is consistent with a single denat-
uration transition using multiple probes, while denaturation
of apoproteins is sometimes described by a one or two
thermal transitions, depending on the AGT variant and the
technique monitoring denaturation [48, 55–57, 59, 60]. The
presence of two denaturation events has been discussed as the
uncoupled denaturation of the large and small domains [59].
However, we must note that enzyme inactivation coincides
with the low T

𝑚
transition found by Far-UV CD and DSF

[48, 56, 59, 60] and the single transition found by DSC
[48, 57]. Moreover, kinetic analyses of DSC transitions based
on a two-state denaturationmodel provide denaturation rates

at 37∘C for apoproteins in excellent agreement with those
obtained from inactivation kinetics, indicating that DSC
based kinetic analyses monitor irreversible denaturation and
inactivation of apo-proteins [48]. Almost all studies coincide
in the destabilizing effect of the minor allele, while additional
mutations further reduce AGT thermal stability [44, 48, 56,
57, 59, 60].

We have recently performed a thorough characterization
of thermal denaturation of holo- and apoproteins by differ-
ential scanning calorimetry in AGTWT and eleven mutants
and polymorphic variants found in PH1 patients [48, 57].
Denaturation of all AGT variants as apo- and holoproteins
is described by a phenomenological two-state irreversible
denaturationmodel. In this scenario, the stability of the native
state is determined by the rate of irreversible denaturation k,
that relates to the half-life for denaturation by 𝑡

1/2
= ln2/k

[2, 48, 57]. The value of 𝑘 is determined by the height of
the activation free energy that the native state must cross to
reach the denaturation (rate-limiting) transition state (TS)
[48, 57, 61]. Thermal denaturation of AGT mostly involves
a dimeric TS, indicating that the kinetic stability of AGT
enzymes is mainly dictated by the impact of mutations on the
free energy of the dimeric native and TS states. Thus, dimer
dissociation andmonomer unfolding do not contribute to the
AGT kinetic stability, because these steps must occur after
the denaturation rate-limiting step [48]. The large kinetic
stabilization exerted by PLP results from its preferential
binding to the native state, increasing the denaturation free
energy barrier by ∼7 kcal⋅moL−1 [48, 57]. The temperature
dependence of calorimetric enthalpies agrees well with the
theoretical value for a dimer of this size, suggesting that
holo- and apo-proteins unfold extensively and to a similar
extent upon thermal denaturation, and possibly involving
denaturation of both domains in AGT [48, 57].

Kinetic analyses of DSC traces provide a unique oppor-
tunity to compare denaturation rates among AGT variants
spanning a wide range of stabilities (half-lives from min-
utes to years at physiological temperature). For instance,
removal of PLP decreases (in WT and most of PH1 variants)
AGT kinetic stability by 4-5 orders of magnitude [48, 57].
The presence of P11L and LM polymorphism reduces AGT
kinetic stability by ∼150 and ∼20-fold, while the presence
of I340M kinetically stabilizes AGT compared to AGT WT
(Fabelo-Rosa, submitted). In general, PH1 causing mutants
show similar stability to AGT LM as holo-proteins, with
a remarkably high kinetic stability (half-lives in the range
of years at 37∘C), while they often reduce apo-AGT kinetic
stability (and denature in a time scale of minutes-hours;
[48, 57, 62]).Thus, PLP binding overstabilizes the AGTnative
state in some mutants [2] which might explain the PLP
responsiveness found for some of them in PH1 patients [63,
64]. Therefore, targeting the cellular systems responsible for
PLP bioavailability (enzymes involved in PLP recycling and
delivery; [65]) may represent a pharmacological approach to
overcome mutation induced protein destabilization in PH1.

3.1.3. Resistance to Proteolysis: Effects of PH1 Mutations on
Protein Flexibility and High-Energy States. Proteolysis is an
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Figure 4: DnaJ prevents aggregation of a partially folded state of AGT. (a) IMAC-based copurification assay of his-tagged apo-AGTwt
with DnaJ (1 𝜇M each), under native (no urea) and refolding (20-fold dilution from a 16 h incubated sample with 8M urea) conditions;
(b) DnaJ protein concentration dependence of its interaction with apo-AGTwt under refolding conditions (the same conditions as in
(a)). (c) DnaJ protein concentration dependence of the maximal turbidity at 400 nm in the apo-AGTwt refolding (data are from three
independent experiments); (d) and (e) solubility and conformational assays of Apo-AGTwt based on its intrinsic Trp-emission fluorescence
((d); exc.295 nm) or Far-UV CD (e) under different conditions: native (0M urea; N), unfolded (8M urea; U), and apo-AGTwt refolded in
the absence (R) or presence of 4𝜇MDnaJ (R + D). After urea-dilution, samples were incubated at 25∘C for 30min, centrifuged at 15000 rpm
for 30min, and the spectroscopic analyses were performed in the supernatants. The contribution from DnaJ to fluorescence is negligible due
to the absence of Trp residues, while its contribution to Far-UV-CD spectra was subtracted from R + D. Inset: DnaJ protein concentration
dependence of the Trp-fluorescence on the soluble fraction. A fitting to a hyperbolic function is shown, providing half-maximal fluorescence
recovery at 1.0±0.1 𝜇MDnaJ. All the experiments were performed at 25∘C in Na-Hepes 20mMNaCl 200mM pH 7.4 2mMDTT using 1𝜇M
AGT (in protein subunit). DnaJ was purified according to [4].

excellent method to study protein flexibility and transient
population of protein high energy states, as long as flexible
or partially unfolded regions in the protein are accessible
for binding and proteolytic cleavage [66]. Indeed, kinetics
of proteolysis has provided information on protein high
energy states present in native state ensembles which are not
accessible for most of ensemble averaged-based biophysical
methods [66]. Several studies have addressed the stability of
AGT enzymes towards proteolysis using different proteases
([34, 43, 57, 67, 68] and Figure 5). Trypsin and proteinase
K degradation have been applied to several PH1 mutants
[34, 43, 68], showing that P11L polymorphism enhances
protease sensitivity that is further exacerbated by additional
mutations. In the case of LM-G41R, detailed characteriza-
tion of proteolysis products in combination with molecular
dynamic simulations supports that G41R mutation enhances

conformational fluctuations in theN-terminal region ofAGT,
thus accelerating cleavage by proteases [43, 68]. Interestingly,
native state ligands and naturally occurring osmolytes are
able to increase protease resistance in several PH1 mutants
[68], suggesting that reshaping of the native state ensemble
energetics by ligands may modulate the conformational
fluctuations in somePH1mutants. From a physiopathological
viewpoint, studies in cell free systems on the proteasomal
susceptibility also reveal that disease causing mutations
enhance degradation [67].

AGTWT undergoes rapid cleavage by thermolysin lead-
ing to an active ∼75 kDa dimer (referred here to as D∗
state) [57]. The stability of this D∗ state has been further
characterized by a combination of thermolysin digestion and
thermal scans for different holo-AGT enzymes (Figure 4).
The apparent rate constants for proteolysis are extracted from
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Figure 5: Temperature dependent proteolysis of AGT variants by thermolysin. (a) thermal scans of AGT-LRM (10𝜇M in protein subunit)
in the presence of different thermolysin concentrations (0–0.4mg/mL). The high temperature transition (T

𝑚
∼ 90∘C) corresponds to

thermolysin denaturation, which is thermostable. (b) Dependence of T
𝑚
downshift of thermal transitions of AGT variants by thermolysin.

(c) Dependence of the apparent proteolysis rate constants on thermolysin concentration at 44∘C.The slope of these plots provides the second-
order rate constants (plotted in (d)); (d) Arrhenius plots for the second-order rate constants for proteolysis.The vertical dashed line indicates
37∘C. Experiments were performed in Hepes 20mM NaCl 200mM CaCl

2
10mM.

thermal scans at a given protease concentration in the tem-
perature range of the transition [69].The T

𝑚
value of LM and

LM-G170R is shown to bemore sensitive to the concentration
of protease than that of WT AGT (Figure 4(b)).The apparent
first-order rate constants for proteolysis (Figure 4(c)) indicate
that proteolysis is ∼6 orders of magnitude slower for WT
AGT than for the LM and LM-G170R, while LM-G170R

is degraded about twice faster than AGT LM. At 37∘C
(Figure 4(d)), the half-lives against proteolysis (at 0.1mg/mL
protease) are 60-(WT), 3.9⋅104-(LM), and 6.2⋅104-fold (LM-
G170R) lower than those determined in the absence of
protease, suggesting that holo-AGT enzymes might be very
sensitive to proteolysis despite their robustness towards
thermal induced aggregation.
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3.2. Protein Homeostasis of AGT: Implications to Develop New
Therapeutic Strategies. Peroxisomal import of human AGT
occurs upon direct interaction of the fully folded dimer with
Pex5p in the cytosol. Multiple lines of evidence support that
protein folding defects are implicated in AGT loss of function
in PH1 [30, 48]. However, dissecting the protein homeostasis
defects in PH1 represents a remarkable challenge, since the
biomolecular interactions of partially folded states with the
protein homeostasis network may involve over 200 different
proteins in cytosolic folding ([53]; see Figure 3 for a very
simplistic view in PH1). In this section, we do our best
to gather the most relevant available information on the
physiological folding and peroxisomal targeting, as well as
those protein homeostasis defects alterations that may lead to
AGT loss of function due to different mechanisms, including
mitochondrial mistargeting, enhanced protein aggregation,
and degradation.

3.2.1. Peroxisomal and Mitochondrial Targeting of Human
AGT. The PTS1 of human AGT is suboptimal (-KKL versus
the consensus-SKL; [41]), and its molecular recognition
by Pex5 requires additional structural elements at the C-
terminal domain [29, 30]. In fact, the interaction of AGTWT
and Pex5p PTS1 binding domain (Pex5p-pbd) is of moderate
affinity (𝐾

𝑑
∼ 1.5–3.5 𝜇M; [30, 48]) and decreases 10-fold

for the isolated C-terminal PTS1 octapeptide [2, 28]. The
low affinity of human AGT for its peroxisomal receptor may
have several important implications to understand the evo-
lutionary changes in AGT subcellular location and function
[70, 71], the correct peroxisomal biogenesis [28], and the role
of peroxisomal import in PH1 pathogenesis [30, 48].

AGT subcellular location seems to vary among species
depending on a delicate balance between mitochondrial and
peroxisomal import signaling pathways and the capacity of
cytosolic protein homeostasis networks to fold AGT proteins
[70, 71]. The presence of mitochondrial AGT in carnivores,
peroxisomal AGT in herbivores, and both locations in omni-
vores suggest that subcellular location of AGT may have
resulted from dietary selection pressure [72]. Additionally,
the presence of a strong N-terminal mitochondrial targeting
sequence (MTS) in AGT from X. laevis drives the mitochon-
drial localization of this enzyme, while the corresponding
N-terminal MTS seems to be weak in human AGT [71].
The weak MTS in hAGT seems to be strenghtened by
additional natural variations associated with mitochondrial
mistargeting, such as P11L polymorphism and the G170R,
F152I andG41Rmutations [38, 39, 73, 74]. Only the LM-G41R
seems to be N-terminal cleaved upon mitochondrial import
[38, 73], possibly because of the enhanced conformational
fluctuations caused by the mutation next to the MTS [43],
which suggests that the MTS is not generally cleaved upon
import of hAGT as observed formany otherMTS-containing
proteins. Interestingly, proteins containing short MTS are
known to be imported by a mechanism where unfolding is
rate-limiting [75, 76], and thus, the low kinetic stability of
LM-G170R, LM-F152I and LM-G41R as apo-proteins [43, 48,
57, 62] may speed upmitochondrial import of these mutants.

Besides the classical interaction between TOM20 mito-
chondrial receptors and N-terminal MTS, alternative mech-
anisms of mitochondrial import might be involved, such
as presentation of internal targeting sequences in partially
folded states to TOM20 or TOM70 receptors by molecular
chaperones ([57, 77, 78]; see Figure 3). Enhanced interaction
of misfolded/partially folded PH1 variants with molecular
chaperones seems to a common feature tomany PH1mutants
[34, 48, 50, 57], and thus not only restricted to the mistar-
geting LM-F152I and LM-G170R variants. Some mutations,
such as LM-I244T, have been studied by several groups
using different cell lines (COS and CHO) for heterologous
gene expression, different cell culture media and PLP con-
centrations. Consequently, significant differences in mutant
outcomes have been observed, showing either peroxisomal
aggregation [34] or mitochondrial mistargeting [73], further
supporting the view that different AGT load and variable
capabilities of protein homeostasis networksmay have a large
impact on the final fate of PH1 causing mutants. Dissection
the molecular details of these protein homeostasis defects is
thus required to develop specific therapeutic strategies target-
ing different PH1 molecular mechanisms, possibly involving
the cooperation of multiple proteostasis elements (Figure 3)
including Hsp60, Hsp70 and Hsp90 machineries [34, 48, 50,
57].

A recent study on PTS1 octapeptides from 42 human
peroxisomal proteins has shown that these sequences range
over four orders of magnitude on their affinity for Pex5p-
pbd, and interestingly, the PTS1 corresponding to hAGT
is the second weakest among this list [28]. A detailed
analysis on protein expression levels for these peroxisomal
proteins revealed a remarkable negative correlation between
binding affinities and expression levels of cargo proteins, thus
providing a mechanistic framework to generating a uniform
population of Pex5p-cargo complexes necessary for proper
peroxisomal biogenesis [28]. Pex5p-pbd binding studies of
PH1 causingmutations G170R and V336D on themajor allele
[30] as well as some of the most common mutations on
the minor allele, including G170R, I244T and F152I [48],
revealed no changes in the molecular recognition of PH1
mutants by Pex5p, further supporting that folding defects are
likely responsible formitochondrial mistargeting and protein
aggregation mechanisms in PH1.

3.2.2. Folding Defects Are Common to Mitochondrial Mis-
targeting and Aggregation in PH1: Targeting Protein Home-
ostasis Networks as Pharmacological Strategies for PH1. Early
studies in liver samples from PH1 patients showed that the
LM-G170R variant reduces the protein levels and activity
and lead to mitochondrial mistargeting [39]. Further stud-
ies, expanded to LM-G41R/LM-F152I compound heterozy-
gotes showed combined mitochondrial/peroxisomal loca-
tion, intraperoxisomal aggregation and null activity [38].The
LM-F152I, LM-G170R and LM-I244T variants show reduced
folding efficiency in both prokaryotic and eukaryotic systems
[40, 48, 57, 73], while a milder effect is observed for LM
polymorphic variant in these studies. These evidences clearly
pointed to PH1 as conformational disease. However, up to



10 BioMed Research International

date, themolecular details of PH1 protein homeostasis defects
are mostly unknown.

We have recently initiated a comparative study on several
PH1 variants that shows a positive correlation between apo-
AGT kinetic stability, interaction with molecular chaperones,
and decrease solubility and total protein levels in transiently
transfected CHO cells [48]. This seems to apply for either
aggregation (LM-I244T) ormistargeting (LM-F152I and LM-
G170R) mechanisms. Accordingly, a recent study has shown
that human AGT is capable of complementing yeast strains
lacking endogenous yeast AGT in glycine-free medium
[56], while LM-F152I and specially LM-I244T, but not LM-
G170R, reduced the complementation elicited by AGT LM.
Complementation by PH1 mutants in this system closely
correlated with steady-state expression levels, indicating that
thesemutants affect proper intracellular folding in vivo. More
recently, using a novel stability reporter assay [60], a clear
correlation between in vivo steady AGT levels and kinetic
stability and yeast growth was found for LM-F152I, LM-
G170R and LM-I244T. Overall, these expression studies sup-
port a link between intracellular folding efficiency and kinetic
stability of apo-AGT variants associated to mistargeting and
aggregation mechanisms.

As we have mentioned in Section 3.2.1, the intracellular
fate of AGTmutants depends on the experimental conditions
of in vitro expression (LM-I244T is an excellent example;
[34, 48, 73]). An interesting possibility to explain these dif-
ferences is that different capacities of the protein homeostasis
networks might determine the phenotype at the molecular
level (aggregation versusmistargeting), a phenomena that has
been described for disease penetrance even among isogenic
individuals in animal models of several folding diseases [79].
These differences in folding capability might explain different
phenotypic outcomes even among siblings sharing a given
phenotype [2], and also possibly, the different response to
pyridoxine supplementation among PH1 patients with the
same phenotype [63, 64].

3.2.3. Interaction withMolecular Chaperones. Protein folding
intermediates are commonly observed for proteins larger
that 100 aminoacids, and these intermediates often require
substantial structural reorganization upon interaction with
molecular chaperones to reach the native conformation [80].
As we describe in Section 3.1.1, human AGT is known to
populate (un)folding intermediates upon chemical denat-
uration, and these intermediates do not generally reacti-
vate [55, 57] and also stably interact with several types of
molecular chaperones ([34, 50, 57]; Figure 3). Moreover, the
strong interaction of several misfolding AGT mutants with
molecular chaperones suggests that these chaperones might
be important checkpoints in AGT folding and misfolding
[34, 50, 57]. Thus, modulation of the interaction of partially
folded states of AGT variants with molecular chaperones is a
plausible approach for pharmacological intervention in PH1,
as similarly described for other protein folding diseases [81–
83].

An important question is whether WT and PH1 causing
mutants populate different folding/unfolding intermediates,

or whether, kinetic/thermodynamic aspects of these fold-
ing intermediates and their interaction with the protein
homeostasis networks [84–86] determine the final fate of
AGT variants (mistargeting versus aggregation versus degra-
dation). The structure/energetics of the TS for the rate
limiting step of irreversible denaturation of WT and PH1
mutants is strikingly similar, suggesting a fine-tuning of the
structure/energetics of this TS as determinant for the kinetic
stability of PH1 mutants (unpublished observations). On
the other hand, the structural properties of the chaperone
competent MG state formed at mild acidic pH is similar
for WT, LM and LM-G170R, but seems to accumulate in a
Hsc70- or Hsp90-bound state upon expression in cell-free
systems for LM-G170R [57]. Moreover, aggregation of AGT
WT is prevented in vitro by its interaction along its folding
pathway with Hsp40 in a partially folded state that resembles
the acid-induced MG state (Figures 4(d)-4(e)), which may
prevent AGT aggregation co- or post-translationally, thus
delivering the polypeptide to the Hsc70 machinery [80, 86].
Hsc70 machinery may represent the first essential folding
checkpoint, as the interaction of these chaperoneswithHsp40
proteins and nucleotide exchange factors [86] would deter-
mine the partitioning between correct folding and peroxiso-
mal import, mitochondrial import or degradation (Figure 3).
Transfer of cargo AGT from Hsp70 to Hsp90 might also
occur through the Hsc70-Hsp90 organizing protein (HOP;
[86]). Moreover, we have also described that overexpression
of bacterial Hsp60 (GroEL; [50]) increase the recovery of
LM-I244T in E. coli, forming stable complexes with GroEL.
The characterization of the bound AGT LM-I244T by cry-
oelectron microscopy shows that AGT monomers display
folded N- and C-terminal domains in an open conformation
[50]. Overall, these studies suggest that the last steps in
AGT folding involve domain docking and acquisition of
quaternary structure that are crucial for AGT conformation
of PH1 mutant. Thus, pharmacological modulation of the
proteostasis pathways involved may rescue AGT function in
PH1 patients.

4. AGT as a Drugable Target for
the Treatment of PH1

Once the diagnosis of PH1 ismade, or even suspected, conser-
vative measures should be initiated as soon as possible with
the goal of preserving renal function. Once renal function
is lost, the threat posed by progressive oxalate accumulation
makes it necessary to perform liver and kidney transplanta-
tion, an aggressive treatment not free of difficulties, risks and
limitations.Thus, current research aims atmedical treatments
for PH1.

High fluid intake has been proven to be effective in
kidney stone diseases [87]. In PH, the recommended fluid
intake is at least 3 L/m2 per day, and special care should be
taken in situations of fluid losses (diarrhea, vomiting, and
fever) or limited oral hydration (surgery), where i.v. fluid
administration might be necessary to keep high urine flow.
In addition, alkalinization of the urine with alkali citrate is
implemented to reduce urinary CaOx saturation.
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Administration of pyridoxine hydrochloride was pro-
posed as a conservative PH1-specificmeasure several decades
ago. This form of treatment has been known to be associated
with a decrease in urinary oxalate (UOx) in about 30%
of PH1 patients [88, 89]. Since vitamin B6 is very safe,
with a small risk of sensory neurotoxicity as the main side
effect, a trial of pyridoxine treatment should be performed
in most cases, and particularly in patients with missense
mutations. If responsive, patients should be treated until
liver transplantation is performed, even if they are in ESRD
undergoing haemodialysis. The recommended starting dose
is 5mg/kg per day, increasing in 5mg/kg steps to a maximum
of 20mg/kg body weight per day [90]. Responsiveness is
currently defined by >30% decrease in UOx excretion after
a test period of a minimum of 3 months at maximum dose
[22, 91]. A subset of patients carrying one or two copies of
G170R or F152I mutations have been shown to respond best
to pyridoxine [63, 64].

In addition to the experimental data obtained in the
last few years on the cellular and molecular consequences
of various missense mutations, the empirical response of
some PH1 patients to vitamin B6 treatment supports the
view of AGT as a “drugable target” that deserves serious
commitment to develop small molecules with enhanced
chaperone capability or proteostatic effect.

As we describe in detail in Section 3.1.2, binding of PLP
to AGT protein dramatically enhances its kinetic stability,
particularly in variants of theminor haplotype, such asG170R
and I244T [57]. The most relevant parameter to estimate
the kinetic stability of properly folded cytosolic AGT dimers
seems to be the half-life for irreversible denaturation of the
apo-forms. Conversion of apo- to holo-AGT is a slow process
that is catalyzed and regulated by specific enzyme systems
[57, 65], and this conversionmay trap theAGT in a folded and
kinetically stable holo-form ready for peroxisomal import.
This is especially relevant for PH1missensemutations that are
more destabilized in their apo-form than in their holo-form.

Building on this view of PLP as a natural kinetic stabilizer
of AGT, it is reasonable to expect that pharmacological chap-
erones will be found that specifically bind to the AGT native
state leading to thermodynamic and/or kinetic stabilizations.
Ideally, theywill have enhanced chaperone activity onmutant
AGT variants, leading to more efficient conservative treat-
ments for PH1. To move forward, a more precise undestand-
ing of the mechanism of PLP kinetic “overstabilization” of
missense mutations is needed. The precise molecular details
of this overstabilization are under investigation.

Nevertheless, since protein stabilization can be searched
by high-throughput screening of chemical and virtual
libraries [92, 93], the possibility exists that potential phar-
macological chaperones are found empirically. In some cases,
pharmacological chaperones resemble knownprotein ligands
or inhibitors, and their stabilizing effect may be enhanced
by structure-based approaches [93, 94]. Pharmacological
chaperones have been shown to correct protein misfolding in
several genetic diseases and it seems likely that missense PH1
mutations can benefit from this approach also. In addition,
targeting cellular systems responsible for PLP bioavailability
(enzymes involved in PLP recycling and delivery; [65]) may

represent a pharmacological approach to overcomemutation
induced protein destabilization in PH1.

Chemical chaperones are small organic compounds
which favor compact protein states over unfolded states
through the so-called “solvophobic effect”, which involves
destabilizing interactions of the water/chaperone mixture
with the polypeptide backbone [95]. Their beneficial effect
on mutant AGT has been demonstrated in vitro [34, 43],
although the high concentrations required for protein sta-
bilization and the lack of specificity of the stabilizing effect
make them poor candidates to move forward into preclinical
investigation.

In the future, the complexity of AGT intracellular home-
ostasis will also be better understood. The macromolec-
ular assemblies that assist AGT expression, folding, sta-
bility, intracellular trafficking and degradation include key
components that are also drugable targets for conservative
treatment of PH1. AGT native state kinetic stability [57, 62]
and interactions of partially folded states with molecular
chaperones such as Hsp40/DnaJ, Hsp60/GroEL, Hsc70 and
Hsp90 [34, 48, 50, 57]may be involved in the partition ofAGT
protein between correctly folded dimers andmisfolding, with
mitochondrial mistargeting, aggregation and degradation.

Pharmacological modulation of molecular chaperones is
a promising therapeutic strategy in several conformational
diseases [82].However, the complexity of themolecular chap-
erone system in humans poses a significant challenge. The
HSP70 machinery, for instance, includes at least 11 HSP70s,
41 J-proteins and 13 nucleotide exchange factors (NEFs) [86].
In addition, mammalian J-proteins and NEF proteins are
structurally and functionally complex, displaying additional
functions beyond the canonical model. J-proteins are known
to be involved in shunting client proteins for degradation,
remodeling and partially unfolding client proteins, while the
BAG (BCL2-associated athanogene) family of NEFs are also
known to target client proteins for proteasomal degrada-
tion [86]. Thus, finding the ideal target and modulating it
pharmacologically in just the right direction is a formidable
challenge. As a first step, an exhaustive biochemical and
cellular definition on all these targets is needed, in order to
determine those responsible for mitochondrial mistargeting,
aggregation and degradation of mutant AGT.
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Serine hydroxymethyltransferase catalyzes the reversible interconversion of L-serine and glycinewith transfer of one-carbon groups
to and from tetrahydrofolate. Active site residue Thr254 is known to be involved in the transaldimination reaction, a crucial step
in the catalytic mechanism of all pyridoxal 5󸀠-phosphate- (PLP-) dependent enzymes, which determines binding of substrates and
release of products. In order to better understand the role of Thr254, we have expressed, characterized, and determined the crystal
structures of rabbit cytosolic serine hydroxymethyltransferase T254A and T254C mutant forms, in the absence and presence of
substrates. These mutants accumulate a kinetically stable gem-diamine intermediate, and their crystal structures show differences
in the active site with respect to wild type. The kinetic and crystallographic data acquired with mutant enzymes permit us to infer
that conversion of gem-diamine to external aldimine is significantly slowed because intermediates are trapped into an anomalous
position by a misorientation of the PLP ring, and a new energy barrier hampers the transaldimination reaction. This barrier likely
arises from the loss of the stabilizing hydrogen bond between the hydroxymethyl group ofThr254 and the 𝜀-amino group of active
site Lys257, which stabilizes the external aldimine intermediate in wild type SHMTs.

1. Introduction

Serine hydroxymethyltransferase (SHMT: EC 2.1.2.1) is
a ubiquitous pyridoxal 5󸀠-phosphate- (PLP-) dependent
enzyme that catalyzes the reversible interconversion of L-
serine and glycine, coupled to the formation and breakdown
of 5,10-methylenetetrahydrofolate (5,10-CH

2
-H
4
PteGlu) [1,

2]. Because of its essential role in one-carbon units
metabolism, SHMT has been often indicated as a potential
target of chemotherapeutic agents [3–5]. It also catalyzes
the conversion of 5,10-methenylene- to 5-formyl-H

4
PteGlu

[6], the transamination and racemization of D- and L-
alanine [7], the retro-aldol cleavage of erythro and threo
isomers of both L-threonine and L-𝛽-phenylserine [8], and
the decarboxylation of aminomalonate [9]. PLP-dependent

enzymes exist in complexes that absorbs in the 310 nm to
500 nm range as the result of a conjugated 𝜋-electron system.
These absorption properties have played an important role
in elucidating the mechanisms of PLP addition and catalysis,
since several intermediates on the reaction pathway have
unique structural and absorbance characteristics [10, 11].
SHMT is distinctive among the PLP-dependent enzymes
in the number of these absorbing complexes that can be
observed, and these have been exploited to determinate
kinetic rates for their interconversion by stopped-flow and
temperature jump spectroscopy [11–13].

In PLP-dependent enzymes, the 4󸀠-aldehyde of PLP is
bound as an aldimine to the 𝜀-amino moiety of an active site
Lys residue in what is called the “internal aldimine.” For those
PLP-dependent enzymes that catalyze reactions involving
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Scheme 1: Mechanism of transaldimination reaction of SHMT.

substrate amino acids, the initial step in the catalytic reaction
is the formation of the “geminal diamine” (gem-diamine)
between the C4󸀠 aldehyde of PLP and the amino group of
the substrate. The orientation of the substrate in the active
site with respect to the plane of PLP, to which it is covalently
linked through its amino group, in turn determines which
of the three substituent bonds on C𝛼 of the substrate will be
cleaved. In 1966, Dunathan [14] provided a unifying concept
for the specific selection of the substrate scissile bond in PLP-
dependent enzymes, which has been confirmed in solution
and structural studies. In his proposal, all bonds broken and
made on the catalytic pathway are the nearest perpendicular
to the conjugated 𝜋 system of the PLP ring.The resulting car-
banion at C𝛼 of the substrate amino acid is stabilized by reso-
nance with the 𝜋-electron system in the pyridine ring of PLP.
This intermediate on the catalytic pathway is referred to as the
“quinonoid” complex and absorbs near 500 nm (Scheme 1).
Solution studies have shown that SHMT passes through
several ordered, spectrophotometrically identifiable interme-
diates that reflect changes in the electron system of the PLP
cofactor [12, 15] and are consistent with Dunathan’s proposal.

Prior to the availability of crystallographic structure
information on SHMT, it was noted that the amino acid
sequences of SHMTs from diverse species have a conserved
run of 4 threonine residues terminating 2 residues upstream
of the active site lysine: V-V-T-T-T254-T-H-K257(PLP)-T
(numbering is that for rabbit cytosolic serine hydroxymethyl-
transferase (rcSHMT)) [16]. To determine the possible roles
of this conserved sequence in SHMTcatalysis, each threonine
of this active site stretch was mutated in ecSHMT to an
alanine, and the effects of the changes on the spectral and
kinetic properties were investigated [17]. It was found that

only the T226A mutant of ecSHMT (Thr226 in ecSHMT
numbering is equivalent to rcSHMTThr254) had significant
spectral and kinetic differences from the wild type enzyme.
There was a 32-fold lower 𝑘cat in the conversion of L-serine to
glycine, and the T226A mutant was virtually inactive toward
cleavage of L-allo-threonine compared to wild type ecSHMT.
Furthermore, in the presence of L-serine the T226A mutant
exhibited a large spectral absorbance peak at 343 nm, which
is characteristic of a gem-diamine intermediate and only a
small peak at 425 nm characteristic of the external aldimine.
Stopped-flow analysis showed that the 343 nm peak was
formed rapidly, but its conversion to the 425 nm absorbing
peak was slow [17]. Since the gem-diamine is generally a
short-lived intermediate on the reaction pathways of PLP-
dependent enzymes, this T226A ecSHMTmutant offered the
opportunity to investigate the structural changes that appar-
ently slowed the conversion of the gem-diamine intermediate
to the external aldimine. We were unable to obtain crystals
for the T226A mutant of ecSHMT. However, we were able
to crystallize the homologous T254A and T254C mutants of
rcSHMT. We report here the kinetic properties and crystal
structures of the T254 mutants of rcSHMT and their glycine
and L-serine complexes. In addition, we have increased the
resolution of the structure of wild type rcSHMT to 2.1 Å as an
aid in examining details of the gem-diamine structures.

2. Results and Discussion

2.1. Spectroscopic Studies. Wild type rcSHMT exhibits a
characteristic major single absorption band with maximum
intensity at 430 nm, due to the protonated internal aldimine
between enzyme and cofactor. Also, aminor band is observed
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at 340 nm (Scheme 1). The addition of saturating concentra-
tions of glycine results in a decrease of the major absorption
band, with a slight blue shift at 426 nm and the appearance
of a well-defined band at 343 nm. A small band centered
at 498 nm is also visible. It is well established that these
absorption bands correspond to the formation of the external
aldimine, the gem-diamine, and the quinonoid intermediates,
respectively [1, 12, 18]. All absorption bands of wild type and
mutant enzymes are shown in Figure 1.

Like the wild type, the T254A mutant form exhibits
a 430 nm absorption band (although much less intense
than wild type), indicative of the presence of an internal
aldimine, and also shows an important band at around
340 nm that may represent either the enolimine form or the
carbinolamine, a hydrated form of the internal aldimine in
which the water molecule mimics the substrate nucleophilic
attack and the gem-diamine formation. As shown in Figure 1,
this band is usually present in very low concentration in
the freshly purified wild type enzyme. The addition of
a saturating concentration of glycine to T254A mutant
results in the almost complete loss of absorbance at 430 nm,
with a concomitant increase of absorbance at 343 nm. This
effect was also observed with E. coli SHMT T226A mutant
(residue Thr226 of ecSHMT corresponds to residue Thr254
in rcSHMT). Kinetic studies on the latter mutant showed that
the complex absorbing at 343 nm is formed in a bimolecular
step providing strong evidence that it is indeed the gem-
diamine intermediate [17]. The addition of H

4
PteGlu to

glycine-saturated wild type SHMT results in the increase of
the 498 nm absorbing band, corresponding to the quinonoid
intermediate.The large increase in absorbance below 400 nm
is the absorbance of the excess H

4
PteGlu. Instead, when

the T254A mutant was saturated with glycine, even in the
presence of H

4
PteGlu, it did not show any 498 nm absorbing

band.The effects of the addition of a saturating concentration
of L-serine to T254A rcSHMT mutant enzyme are similar
to those observed for glycine, with a decrease of the 430 nm
absorbing band and a concomitant increase of the 343 nm
absorbing species. In contrast, when wild type rcSHMT is
saturated with L-serine, there are a marked increase and
a blue shift of the major absorbing band, centered now at
426 nm, but no absorbance is observed at around 340.

The spectral features of the unliganded T224Cmutant are
largely similar to those of the wild type enzyme. However,
the 340 nm band is slightly more intense. If compared to
the T254A mutant, the relative intensities of the 430 nm and
340 nm bands are reversed. Spectral changes upon substrates
addition are similar to the ones observed with the T254A
mutant, except that a residual absorbance is shown in the
420–430 nm region.

2.2. Kinetics Studies. The spectral properties of the rcSHMT
T254A and T254C mutant enzymes described above sug-
gest that the gem-diamine intermediate accumulates upon
substrate addition. The purified mutant enzymes were tested
for catalytic activity using L-serine and L-allo-threonine
as substrates (Table 1). For L-serine, both mutant enzymes
showed slightly increased 𝐾

𝑚
values (about 2-fold) when

compared to wild type rcSHMT; 𝑘cat values decreased 46-fold

for the Thr to Ala mutant and 531-fold for the Thr to Cys
mutant. Similarly,𝐾

𝑚
values for L-allo-threonine were found

to be only slightly higher than wild type (less than 2-fold for
both mutants), whereas 𝑘cat values showed a 9- to 29-fold
decrease for T254A and T254C mutants, respectively.

To better understand the role of Thr254 in the formation
and breakdown of the gem-diamine intermediate and thus
on the transaldimination reaction, the rate of the spectral
changes occurring when L-serine and glycine were added to
the enzyme was determined at different pH values by means
of stopped-flow measurements. The 𝑘on and 𝑘off values for
the rate of formation and breakdown of the enzyme-substrate
complex absorbing at 343 nm were determined from a plot
of 𝑘obs versus substrate concentration, after linear regression
of data and extrapolation of the slope and intercept values
(Table 2). For bothmutants and for both substrates at each pH
value, 𝑘obs was a linear function of substrate concentration, as
expected for a second-order reaction. The second-order rate
constants for substrate addition and gem-diamine formation
(𝑘on) were corrected for the concentration of the amino acid
anionic form at each pH value and are listed as 𝑘󸀠on. The
anionic form of the 𝛼-amino group is assumed to be the
true substrate for the transaldimination reaction. In the pH
range used in the experiments (6.4–8.0), the concentration
of the anionic form of the amino acid substrates increases
about 40 times. The 𝑘on values increased with pH and varied
from 3.3 ⋅ 104 to 10.7 ⋅ 104 s−1⋅M−1 when L-serine was used
as substrate and from 0.8 ⋅ 104 to about 4.4 ⋅ 104 s−1⋅M−1
when glycine was used as substrate; 𝑘on values were very
similar for both T254 mutant forms. After correction for
the concentration of anionic substrate, 𝑘󸀠on values showed a
10-fold decrease as pH increased from 6.4 to 8.0 and ranged
from 20 ⋅ 106 to 1.8 ⋅ 106 s−1⋅M−1 with L-serine and from
13 ⋅ 10

6 to 1.8 ⋅ 106 s−1⋅M−1 with glycine. The sigmoidal
dependence of 𝑘󸀠on on pH suggests the titration of a group
at the active site involved in a general acid catalysis, with
a pK
𝑎
around 6.8 (Figure 2). If the internal aldimine of the

mutant enzymes is mostly in the carbinolamine form, as
inferred from the absorption spectra shown in Figure 1, it
must be dehydrated (through the protonation of the hydroxyl
group followed by the elimination of water) in order to be
converted into the ketoenamine that is able to react with the
incoming amino group of the substrates. Importantly, we
have observed that the ratio of the 428 nm and 340 nm bands
changes with pH in a similar manner, with the ketoenamine
form being favored at higher pH values (data not shown). A
possible candidate for this acid catalysis is Tyr73, which is
involved in a cation-𝜋 interaction with Arg263. It has been
shown that Tyr residues involved in cation-𝜋 interactions
may have their pK

𝑎
lowered by 1 to 3 pH units (the normal

pK
𝑎
of tyrosine residue is about 9.5) [19]. Furthermore,

this residue points toward the protein region where the
transaldimination reaction takes place, and its phenolic
hydroxyl is located in close proximity to C4󸀠 (see Figure 6).
When L-serine was used as substrate, 𝑘off values showed a
decreasing trend as pH was increased and ranged from 10.3
to 3.1 s−1 for the T254Amutant form and from 39 to 23 s−1 for
T254C. In contrast, when glycine was used as substrate, 𝑘off
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Figure 1: Absorption spectra of wild type and mutant rcSHMT in the absence and presence of substrates. Left panels show the absorption
spectra of wild type, T254A and T254C rcSHMTs at 30∘C before (black lines) and after the addition of 90% saturating glycine (blue lines).
Green lines are spectra taken after the addition of 100 𝜇M H

4
PteGlu to the samples containing glycine. Right panels show the absorption

spectra of the same enzymes before (black lines) and after the addition of 90% saturating L-serine (red lines).

values slightly increased with pH, ranging from 1 to 2.9 s−1
for the T254Amutant form and from 5.1 to 7.0 s−1 for T254C.

Stopped-flow studies done many years ago at pH 7.3 for
wild type rcSHMT [12] gave a comparable 𝑘on value to the
values for the T254A and T254Cmutants. On the other hand,

the 𝑘off values determinedwith themutant enzymes are about
2 orders of magnitude lower than the wild type. These data
suggest that the mutations have not significantly affected the
rate of formation of the gem-diamine intermediate but have a
more significant effect on the rate of its breakdown.
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Figure 2:Dependence of 𝑘󸀠on values determined from stopped-flow experiments on pH, for T254A andT254C rcSHMTmutants. Open circles
correspond to data obtained with L-serine, while closed circles correspond to data obtained with glycine. The continuous lines through the
experimental points were obtained through a least square minimization process using the equation for a sigmoidal curve (the software used
was GraphPad, Prism).

Table 1: Kinetic constants for the hydroxymethyltransferase and
retro-aldol cleavage reactions catalyzed by wild type and T254
mutant rcSHMT forms.

Substrate Kinetic
constant

Form of rabbit cytosolic SHMT
Wild type T253A T253C

L-Serine 𝐾
𝑚
(mM) 0.3 0.6 0.5
𝑘cat (min−1) 850 18.5 1.6

L-allo-Threonine 𝐾𝑚 (mM) 1.5 2.5 2.6
𝑘cat (min−1) 130 14.3 4.5

If the rapid spectroscopic changes occurring when the
enzyme was mixed with saturating concentration of sub-
strates were followed for a longer period of time (up to 50
seconds), a slow first-order increase was observed at 426 nm.
For the T254A mutant with saturating concentration of L-
serine, the rate constant was determined to be 10min−1. This
value is in agreement with previous studies on the T226A
mutant of ecSHMT [17]. It is interesting to notice that this
rate constant is very close to the 𝑘cat measured for both
hydroxymethyltransferase and retro-aldol cleavage reactions
catalyzed by this mutant. This shows that for the T254A
mutant the conversion of the gem-diamine into the external
aldimine intermediate has become the rate-limiting step.

The spectral and kinetic studies both strongly suggest that
removing the hydroxymethyl group of Thr254 by replacing
it with either an Ala or a Cys residue greatly slows the
conversion of the gem-diamine intermediates to the external
aldimine. This may be the result of either blocking the
conversion of gem-diamine I to gem-diamine II or of slowing
conversion of gem-diamine II to the external aldimine.There-
fore, the slowing of the catalytic cycle could be explained by
either the mutant gem-diamine complexes being in a more
stable form (in an energy well) compared to the wild type
enzyme or by an increased energy barrier to pass to the

external aldimine. These two hypotheses are not mutually
exclusive and could be applied at the same time.

2.3. Crystal Structures. We determined the crystal structures
of the T254A and T254C mutant enzymes and the complex
of each with glycine and L-serine, and the structure of wild
type rcSHMT to a higher resolution than had previously
been attained [20]. Table 3 lists the crystallographic and
refinement data for the new rabbit cytosolic SHMT structures
determined and described in this work. All structures except
for the T254C-glycine complex were solved in space group
P4
1
with a tetramer of 4 independently determined subunits

per asymmetric unit.The T254C-glycine complex was solved
in space group P4

1
2
1
2 with a dimer per asymmetric unit.The

oligomeric structure of rcSHMT consists of two tight dimers
each made of identical monomers. These tight dimers are
loosely associated to form a so-called dimer of dimers. Disor-
dered density recurred in the insert segment around residue
272 and at the amino termini of all monomer subunits, as
observed in previously determined SHMT structures, but
these disordered residues are not close to the regions of the
enzyme around the PLP and substrate binding site, which are
the subject of this study.

2.3.1. Differences in Structure of Unliganded Wild Type and
T254 Mutants. Except for the small differences in the active
site described herein, all structures are virtually identical
(rmsd <0.4 Å in all cases). The interactions of the PLP
cofactor with the protein in the wild type and T254 mutants
are almost identical. The distance of the Asp228 carboxylate
to N1 of the pyridine ring is unchanged in the mutants as are
the noncovalent bond constraints on the phosphoryl group
of the PLP tail and the coplanarity of the His148 imidazole
with the PLP ring. The active sites of all subunits of the
wild type have phosphate or MES buffer anions bound where
the carboxylate moiety of the amino acid substrate binds
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Table 2: Kinetic constants for the rate of formation and breakdown of the gem-diamine complex for mutant rcSHMT forms with glycine and
L-serine substrates.

Substrate pH T253A T253C
𝑘on (s

−1 M−1 ⋅ 104) 𝑘
󸀠

on (s
−1 M−1 ⋅ 106) 𝑘off (s

−1) 𝑘on (s
−1 M−1 ⋅ 104) 𝑘

󸀠

on (s
−1 M−1 ⋅ 106) 𝑘off (s

−1)

L-Serine

6.4 3.3 20 10.3 2.9 18 39

6.8 5.8 14 8.3 4.0 10 36

7.2 8.7 8.6 5.8 6.8 6.7 32

7.6 9.5 3.7 5.3 8.7 3.4 27

8.0 10.7 1.8 3.1 9.4 1.5 23

Glycine

6.4 0.8 13 1.0 0.5 8.5 5.1

6.8 1.3 8.0 1.3 0.7 4.5 6.7

7.2 2.1 5.0 1.9 1.5 3.8 6.9

7.6 3.0 2.9 2.4 2.1 2.2 7.0

8.0 4.4 1.8 2.9 3.7 1.6 6.8

in SHMT-substrate complexes (see next paragraph). In the
T254A mutant, this site is occupied by phosphate ions in one
dimer and by MES in the other dimer. In the T254C mutant
this anionic site is occupied by water in three subunits and by
an apparent phosphate in the fourth subunit (Table 4).

There are significant differences between the wild type
and the T254 mutants in the conformation of the PLP
methylene phosphate tail although these are seen to a differ-
ent extent in different subunits (Figure 3). These differences
correlate with the absence of the C𝛽 methyl group in the
Ala254 and Cys254 side chains in the mutants. In the wild
type structure, this methyl group of Thr254 projects toward
the methylene phosphate tail. Replacement of the side chain
by Ala or Cys opens a small space that allows the cofactor
tail to assume a different conformation, moving the C5󸀠
towards this cavity. This is the most evident change observed
in the mutants. The fact that not all of the T254A and C
subunits show this change to the same extent suggests that
there is a low barrier to this switch of conformations and
that the crystallization process is selecting out an asymmetric
distribution. As a consequence of the elbow-like rotation
of the methylene phosphate PLP tail in the mutant T254
forms, the PLP ring orientation also diverges from that of the
wild type. Moreover, in the mutant enzyme structures with
the largest PLP tail conformational differences, the aldimine
linkage between C4󸀠 and the 𝜀-amino group of the active site
lysine (Lys257) is far from being in the plane of the PLP ring
(Figure 3(d)), as required by the double bond conjugation
present in the ketoenamine form of the internal aldimine.
As the aldimine linkage is driven away from this plane, its
conjugation with the 𝜋-electron system of the pyrimidine
ring is diminished, and themaximumabsorbance is shifted to
lower wavelengths [21], as observed for the mutant enzymes
in solution (Figure 1). As discussed above, we cannot exclude
that the 340 nm absorbing band of the unliganded mutant
enzymesmay correspond to the hydrated form of the internal
aldimine (carbinolamine; Scheme 1). In the internal aldimine
form of the T254C mutant, the conformational change of the
methylene phosphate tail and the displacement of the PLP
ring are less evident (data not shown).This correlates with the
observation that, in the absorption spectrum of this mutant

in solution, the amount of the canonical 428 nmketoenamine
band is higher than in the T254A mutant.

2.3.2. The Glycine and L-Serine Complexes of T254A and
T254C Mutants. The structures of the T254A and T254C
mutants with glycine and L-serine substrate ligands are all
in the gem-diamine form (Table 4), showing both the amino
group of the substrate and the 𝜀-amino group of Lys257
forming bonds to C4󸀠 of PLP. In all subunits of both mutants
and with both substrates, the orientation of the PLP ring and
the conformation of the methylene phosphate tail are very
similar. Interestingly, the inhomogeneity seen in the internal
aldimine structures of the mutant enzymes has disappeared
upon binding of substrates. For example, Figure 4 shows a
comparison between the active site structures of the T254A
mutant with either L-serine (a) or glycine (b) bound to C4󸀠
of PLP in the gem-diamine form and the internal aldimine.
The comparison is made with the subunit of the unliganded
mutant enzyme in which the internal aldimine shows the
largest difference with respect to wild type (Figure 3(d)).
It can be seen that, in both gem-diamine structures, the
orientation of the PLP ring and the conformation of the
methylene phosphate tail and of the active site lysine (Lys257)
are very similar to those of the internal aldimine form and
therefore differ significantly from the wild type internal
aldimine structure. The carboxylate group of substrates is
oriented to form dual hydrogen bonds with Arg402 and
also with Y83. Residues Ser203 and His231 make hydrogen
bonds with the O3󸀠 of PLP, as already observed in all other
SHMT structures. In the L-serine gem-diamine complex, the
hydroxyl group of the substrate makes H-bond interactions
withGlu75 andTyr83, as also observed in the crystal structure
of the Bacillus stearothermophilus SHMT-L-serine complex
[22].

Wild type rcSHMT enzyme cocrystallized with glycine
and 5-CHO-H

4
PteGlu showed two of the enzyme subunits in

the gem-diamine form [19] (Table 4). No external aldimines
were present, as the other two subunits were in the internal
aldimine form. It is worth noting that structural variation
among subunits in ligand binding site occupancy and type of
intermediate complex is also found in other eukaryotic and
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Figure 3: Superposition of the active site structures of rcSHMT wild type (salmon) and T254A (cyan) in the internal aldimine form. Panels
(a) to (d) correspond to different subunits of the tetramer.

prokaryotic SHMTs [22–26]. The above wild type rcSHMT-
glycine-5-CHO-H

4
PteGlu ternary complex structure and

that of mouse cytosolic SHMT (which was also cocrystallized
with glycine and 5-CHO-H

4
PteGlu [25]) are the only wild

type SHMT structures in which gem-diamine intermediates
can be seen.

When wild type and T254A rcSHMT-glycine gem-
diamine structures are superimposed, some striking differ-
ences can be noticed (Figure 5). The methylene phosphate
tail conformation and the orientation of the PLP ring are
significantly different. The carboxylate group of glycine in
wild type rcSHMT gem-diamine, although still interacting
with Y83 and Arg402 through one of its oxygen atoms, is
no more oriented to interact optimally with Arg402, and the
other oxygen points away from it. Moreover, the position
of the two amino groups in the gem-diamine is different
between wild type and mutant (see arrows in Figure 5). In
particular, the hydrogen atoms of the amino groups point
away from Tyr73, which might be involved in the proton

exchange required to interconvert the two gem-diamine
intermediates (see below for discussion).

In the wild type gem-diamine, the bond between the sub-
strate amino group andC4󸀠 of PLP lies roughly perpendicular
to the cofactor ring, indicating a strong similarity to gem-
diamine I intermediate, in which the amino group of the
substrate has attacked the C4󸀠 Schiff base of the cofactor
with a trajectory that is perpendicular to the pyridine ring
(Scheme 1). It appears that the wild type rcSHMT in the
crystal has been trapped as a gem-diamine I intermediate
that barely accumulates in solution. On the other hand,
the gem-diamine forms found in T254 mutants seem to
be in an aberrant position. The best way to appreciate this
is to superimpose the structures of wild type gem-diamine
(Figure 6(a)) or T254mutant gem-diamine (Figure 6(b))with
wild type internal and external aldimines. In SHMTs, as
PLP reacts with the substrate and the internal aldimine is
converted into the external aldimine, the pyridine ring rotates
by about 25∘, primarily around the C2-C5 axis. This is also
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Figure 4: Superposition of the active site structures of the T254Amutant in the internal aldimine form (cyan) and as a gem-diamine complex
(orange) with either L-serine (a) or glycine (b).

Tyr73 
Tyr83 

Arg402 

Thr254/Ala254 

Figure 5: Superposition of the active site structures of the wild type
(slate) andT254Amutant form (orange) of rcSHMTas gem-diamine
complexes with glycine (pdb 1ls3). The arrows in the figure point
towards the amino groups of the gem-diamine complexes.

observed in prokaryotic B. stearothermophilus SHMT with
both glycine and L-serine as substrates and in the ternary
complex with glycine and 5-CHO-H

4
PteGlu [22]. In the wild

type rcSHMT gem-diamine, the PLP ring lies between the
positions observed in the internal and external aldimines.
Strikingly, in the mutant T254 gem-diamine the cofactor ring
has a different orientation, which is unlikely to correspond
to that occurring in the transaldimination reaction. This is
obviously a consequence of the mutation, since this position

of the PLP ring is also observed in the unliganded forms
of T254A and T254C rcSHMT structures. The gem-diamine
structures of the mutant enzyme appear to be close to the
gem-diamine II intermediate (Scheme 1), and the angle of
the bond from C4󸀠 of the PLP ring to the 𝜀-amino group of
K257 being close to the 90∘ predicted for this intermediate
II, in which the amino group of Lys257 has to be eliminated
in order to form the external aldimine intermediate. More-
over, the carboxylate group of the substrate makes optimal
dual hydrogen bonds with Arg402 (Figure 6(b); structure
in orange), as is observed in the external aldimine form of
wild type SHMT-glycine complex (Figure 6(b); structure in
magenta).

These observations suggest that in the T254 rcSHMT
crystals, the PLP-substrate complex is blocked in the form
of an anomalous and stable gem-diamine intermediate. As
mentioned above, it is noteworthy that in the T254 mutant
gem-diamine intermediates the position and orientation of
the two amino groups point away from Tyr73 compared to
the wild type gem-diamine structure. Tyrosine 73 was shown
in E. coli and bsSHMT to have an important role in the
transaldimination process and was proposed to act as proton
exchanger between gem-diamines I and II. Interestingly, Tyr
to Phe mutants of this residue also accumulate the gem-
diamine intermediate [18, 27].

An additional remarkable variation in the T254 mutant
structures compared to wild type is observed in the peptide
bond between His256 and Lys257. Among the determined
mutant structures, this peptide bond adopts two distinct
orientations, one similar to the wild type rcSHMT and
the other differing by up to 180∘. The local variation in
conformation of the His256-Lys257 peptide bond may be
linked to the rcSHMT T254 mutations, since, in the internal
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Figure 6: Superposition of wild type structures corresponding to the internal aldimine (salmon; rcSHMT) and external aldimine (magenta;
mcSHMT, pdb 1eji) forms of the cofactor with the glycine gem-diamine form of the wild type (slate) and T254A mutant (orange).

aldimine of wild type rcSHMT, the carbonyl oxygen of
His256, which is flipped in some mutant structures, makes
a hydrogen bond through a water molecule to the Thr254
side chain. The lack of uniformity in structure among the
subunits of the T254 mutants in the conformation of the
PLP methylene phosphate tail, the position of the PLP ring,
and the orientation of the His256-Lys257 peptide bond
suggest that mutation of T254 relaxes some local structural
constraints around the active site.

3. Conclusions

The T254A and T254C mutations have created a small
empty space in the active site of rcSHMT due to the
absence of the threonine methyl group. This has allowed
the methylene phosphate tail of PLP to adopt a stable,
uncharacteristic conformation that is in turn responsible for
an aberrant positioning of the PLP ring. This clearly affects
the transaldimination step of the SHMT reaction, making it
the rate-limiting step in the catalytic cycle. In these mutants,
when either L-serine or glycine is added to the enzyme, gem-
diamine intermediates greatly accumulate. This may be the
result of either blocking the conversion of gem-diamine I to
gem-diamine II, slowing the conversion of gem-diamine II to
the external aldimine, or both.

Conversion of the gem-diamine II into the external
aldimine requires that the 𝜀-amino group of Lys257 is proto-
nated and that it leaves perpendicularly from the si face of C4󸀠
of PLP. In Scheme 1 this is shown as a direct proton transfer
from the substrate amino group in gem-diamine I to the
leaving amino group of Lys257 in gem-diamine II. However,
this proton transfer almost certainly does not occur directly
but through shifts of protons in a network of acid-base groups
at the active site. It is possible, based on the wild type and
T254mutant structures, that protonation of the Lys257 amine
of the gem-diamine is mediated by Tyr73. The position of the
gem-diamine amino groups relative to the Tyr73 side chain

varies in the mutants. These local structure changes in T254
mutants could be responsible for a perturbation of the proton
transfer chain which slows the transaldimination reaction.

Available external aldimine SHMT structures (such as,
E. coli SHMT as ternary complex with glycine and 5-CHO-
H
4
PteGlu (pdb 1dfo) and bsSHMT with glycine and L-serine

(pdb 1kl1 and 1kkp, resp.)) all show a good hydrogen bond
between the Lys257 𝜀-amino group and the hydroxyl group of
theThr254 side chain, as originally suggested by Pascarella et
al. [16].Thenucleophilicity of the 𝜀-amino group and theNH

2

of the substrate must be balanced so that transaldimination
can occur rapidly from either direction. The hydrogen bond
between Thr254 and the Lys257 𝜀-amino group is likely to
be a critical determinant of this balance. In the T254A and
T254C mutants, which lack the hydroxyl group, this H-bond
cannot be formed. We suggest that the loss of this hydrogen
bond destabilizes the external aldimine of the T254 mutants
relative to the gem-diamine intermediates and results in the
trapping of the latter.

PLP-dependent enzymes typically catalyze the reversible
transaldimination reaction between the internal and external
aldimines very rapidly, within the dead time of stopped-flow
measurements, and do not accumulate gem-diamine inter-
mediates. This is a crucial step in the catalytic mechanism of
all PLP-dependent enzymes because it determines binding of
substrates and release of products. Our studies show that a
single, semiconservativemutation of an active site residue can
be critical for the transaldimination in SHMT.

4. Materials and Methods

4.1. Materials. All chemicals, coenzymes, antibiotics, and
buffers were from Sigma-Aldrich (St. Louis, MO, USA)
or FisherScientific (Pittsburgh, PA, USA). (6S)-H

4
PteGlu

and (6S)-5-CHO-H
4
PteGlu were gifts from Merck Eprova

AG (Schaffhausen, Switzerland). Crystallization buffers were
from Hampton Research (Laguna Niguel, CA, USA).
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Table 4: Rabbit cytosolic SHMT structures compared in this study.
The table shows the cofactor form and the ligand present in each
subunit of the structures.

Enzyme Chain Form Ligand

Unliganded wild type

A i.a. PO4
2−

B i.a. PO4
2−

C i.a. MES
D i.a. MES

Unliganded T254A

A i.a. PO4
2−

B i.a. PO4
2−

C i.a. PO4
2−

D i.a. PO4
2−

T254A + glycine

A g.d. Gly.
B g.d. Gly.
C g.d. Gly.
D g.d. Gly.

T254A + L-serine

A g.d. L-Ser.
B g.d. L-Ser.
C g.d. L-Ser.
D g.d. L-Ser.

Unliganded T254C

A i.a. H2O
B i.a. H2O
C i.a. H2O
D i.a. PO4

T254C + glycine A g.d. Gly.
B g.d. Gly.

T254C + L-serine

A g.d. L-Ser.
B g.d. L-Ser.
C g.d. L-Ser.
D g.d. L-Ser.

Wild type + glycine + 5-CHO-H4PteGlu3

A g.d. Gly.
B i.a. —
C g.d. Gly.
D i.a. —

i.a.: internal aldimine.
g.d.: gem-diamine.
MES: 2-(N-morpholino)ethanesulfonate.
5-CHO-H4PteGlu3: triglutamic form of 5-formyltetrahydrofolate.

4.2. Mutagenesis, Expression, and Purification of SHMT.
Mutants were made using the QuikChange site-directed
mutagenesis kit from Stratagene (La Jolla, CA, USA) on
rcSHMT cDNA in the pET22b vector [28]. The T254A and
T254C mutant forms were produced using the primers
5󸀠-CGTGGTGACCACCGCGACCCACAAGACGC-3󸀠 and
5󸀠-CGTGGTGACCACCTGCACCCACAAGACGC-3󸀠,
respectively, and their complementary oligonucleotides
(the mutated codons are underlined). Each mutation
was confirmed by sequencing the cDNA insert in both
directions. Oligonucleotides synthesis and DNA sequencing
were performed by Eurofins MWG Operon (Ebersberg,
Germany). Each mutant protein was expressed in an E. coli
HMS174(𝜆DE3), and purification was done by the same
procedure published previously [23] and resulted in high

yields of >95% pure enzymes that exhibited the size of wild
type rcSHMT.

4.3. Spectra and Kinetic Studies. All spectra and steady state
kinetic studies were performed in a cell with a path length
of 1 cm with an Agilent 8354 spectrophotometer at 30∘C, in a
20mM potassium phosphate buffer, pH 7.3, containing 5mM
2-mercaptoethanol and 0.2mM ethylenediaminetetraacetic
acid. Kinetic assays were performed as previously reported
[23]. Briefly, catalytic assay for L-serine and H

4
PteGlu

was measured by coupling the product CH
2
-H
4
PteGlu to

methylenetetrahydrofolate dehydrogenase with the concomi-
tant reduction of NADP toNADPH. To determine the𝐾

𝑚
for

L-serine, H
4
PteGlu was maintained at 0.15mM, and the L-

serine concentrationwas varied between 0.05mMand 5mM.
The concentration of mutant rcSHMT in these assays was
10 𝜇M. The rate of L-allo-threonine cleavage was assayed
by coupling the reduction of the product acetaldehyde with
NADH and alcohol dehydrogenase. Kinetic constants values
were determined fromdouble-reciprocal plots of the decrease
in absorbance at 340 nm with L-allo-threonine concentra-
tions varied between 0,5 and 50mM.

4.4. Rapid Reaction Studies. Stopped-flow absorbance exper-
iments were performed with an Applied Photophysics SX18
apparatus (Leatherhead, UK) equipped with a 1 cm optical
path observation chamber. Temperatures were held at either
8∘C by a circulating water bath. Each study was an average of
4–6 traces.

The rate of formation of the gem-diamine intermediate
was measured by following the increase at 343 nm for the
first 0.4 seconds after mixing enzyme and substrate solutions.
The effect of substrate concentration was determined by
varying L-serine and glycine concentrations in a 0.5–5mM
range. The curves for absorbance variation versus time were
fit by a single-exponential curve. For each concentration
of substrate, both the first-order rate constant, 𝑘obs, and
the amplitude of the spectra change were determined. Rate
constants and amplitudes for each individual reaction varied
less than 10% from the average values for each reaction:

For calculation of 𝑘on and 𝑘off the following equation was
applied, assuming the reaction to be pseudo-first toward [𝐸],
and [𝑆] equal to free substrate concentration:

𝑘obs = 𝑘on [𝑆] +𝑘off . (1)

The values of 𝑘on and 𝑘off for the rate of formation and
breakdown of the enzyme-substrate complex absorbing at
343 nm can be then determined from the slope and 𝑦-axis
intercept of the 𝑘obs versus [𝑆] graph. A double-reciprocal
plot of absorbance changes at 343 nm versus substrate con-
centration gives a linear fit with an 𝑥-axis intercept repre-
senting 𝐾

𝑑
. The enzyme concentration was held constant

at 40 𝜇M. The buffer used was a mix of 20mM potassium
2-(N-morpholino) ethanesulfonic acid (MES), 20mM N,N-
bis[2-hydroxyethyl]-2-aminoethane sulfonate (BES), and
20mM 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid
(HEPES) brought to pH 6.4, 6.8, 7.2, 7.6, and 8.0. The
concentrations of the anionic forms of amino acids were
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calculated using the Henderson-Hasselbalch equation and
pK values of 9.6 and 9.2 for the amino groups of glycine and
L-serine, respectively.

4.5. Crystallization. All forms of the rcSHMT (50mg/mL)
and its mutants and complexes were crystallized as
previously reported [20] from 2-3% PEG4000, 20mM
K
2
HPO
4
/KH
2
PO
4
, and 50mM potassium MES or sodium

HEPES (pH 7.0) in hanging drops or in 0.5mL Eppendorf
tubes at room temperature. The complexes with glycine and
serine had 60mM of the amino acid in the crystallization
drop.

4.5.1. Data Collection and Structure Determination. Crystals
were transferred to a stabilization solution of 4.8% polyethy-
lene glycol 4000 in the same buffer for 1 hour, then transiently
(<30 sec) placed in a cryoprotectant of 30% polyethylene
glycol 400 and 6% polyethylene glycol 4000 in 50mM
potassium MES (pH 7.0) and flash-frozen in liquid N

2
for

data collection. Data for a 100∘ sector were collected on a
RAxisII with Osmics confocal optics at 60 kV and 150mA.
Oscillation frames were integrated with Denzo and merged
with Scalepack [29]. Merged intensity data were converted
to structure factor amplitudes using Truncate refmac5 [30].
All crystals except the T254C-glycine were indexed in space
group P4

1
with a tetramer per asymmetric unit; T254C-

glycine was indexed in space group P4
1
2
1
2 with one dimer

per asymmetric unit. Structures were solved by molecular
replacement using a rabbit cytosolic SHMT dimer from pdb
entry 1CJ0 as a search model and refined using alternating
cycles ofmanual fitting into SigmaAweighted 2mFodFc maps
in COOT [31] and computational refinement in CNS [32]
and refmac5 [30]. Structure factors and coordinates are being
deposited to the RCSB protein databank.

Abbreviations

SHMT: Serine hydroxymethyltransferase
rc: Rabbit cytosolic
mc: Mouse cytosolic
ec: Escherichia coli
bs: Bacillus stearothermophilus
PLP: Pyridoxal 5󸀠-phosphate
gem-diamine: Geminal diamine
H
4
PteGlu: Tetrahydrofolate

(tetrahydropteroylglutamate)
5,10-CH

2
-H
4
PteGlu: 5,10-Methylenetetrahydrofolate

5,10-CH+=H
4
PteGlu: 5,10-Methenyltetrahydrofolate

5-CHO-H
4
PteGlu: 5-Formyltetrahydrofolate.

Acknowledgments

This work was supported by the National Institutes of Health
through a Grant (Grant No. CA 16059-28) to the Massey
Cancer Center of Virginia Commonwealth University in
support of the structural biology resources used in this study
and by grants from the Italian Ministero dell’Istruzione,
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Recent advances inmolecular and structural biology have improved the availability of virtually any biocatalyst in large quantity and
have also provided an insight into the detailed structure-function relationships of many of them.These results allowed the rational
exploitation of biocatalysts for use in organic synthesis. In this context, extremophilic enzymes are extensively studied for their
potential interest for many biotechnological and industrial applications, as they offer increased rates of reactions, higher substrate
solubility, and/or longer enzyme half-lives at the conditions of industrial processes. Serine hydroxymethyltransferase (SHMT), for
its ubiquitous nature, represents a suitable model for analyzing enzyme adaptation to extreme environments. In fact, many SHMT
sequences from Eukarya, Eubacteria and Archaea are available in data banks as well as several crystal structures. In addition,
SHMT is structurally conserved because of its critical metabolic role; consequently, very few structural changes have occurred
during evolution. Our research group analyzed the molecular basis of SHMT adaptation to high and low temperatures, using
experimental and comparative in silico approaches. These structural and functional studies of SHMTs purified from extremophilic
organisms can help to understand the peculiarities of the enzyme activity at extreme temperatures, indicating possible strategies
for rational enzyme engineering.

1. Introduction

Studies on protein stability represented an important issue
in the past forty years, owing to the central role these macr-
omolecules play in maintaining life and their involvement
in many diseases affecting humans. The comparison of
structural and functional features of proteins among ther-
mophilic/psychrophilic organisms and their homologs from
mesophilic counterparts can provide insights into the ability
of extremophiles to function at their extreme habitat tem-
peratures and may give clues to better define the forces that
stabilize proteins. In case of adaptations to extremes of pH,
salinity, and pressure, membrane components and protective
small molecules often play an important role and have been
studied quite extensively [1–3]. For temperature adaptation,
however, environmental stress generally cannot be avoided
by compensatory mechanisms, and thus the cellular compo-
nents themselves, specifically the proteins, have to achieve
a certain level of stability at extreme temperatures, at which
most of living species cannot grow because of their inability

to maintain adequate metabolic fluxes. For this reason, much
interest has been directed to understand how proteins from
thermophilic/psychrophilic organisms retain their structure
and function at high or low temperatures, respectively. In
particular, enzymes perform important tasks in all biological
systems, and they do so by maintaining a specific globular
conformation. This functional state, called the native state, is
stabilized in a balancing act of opposing forces.The players in
this act have long been identified [4], although their relative
contributions have been debated [5–9]. The major stabilizing
forces include the hydrophobic effect and hydrogen bonding,
while conformational entropy favors the unfolded state.
The crystal structures of extremophilic enzymes unambigu-
ously indicate a continuum in the molecular adaptations
to temperature. For example, from psychrophiles (living at
low temperatures close to 0∘C) to mesophiles (living at
intermediate temperatures close to 37∘C) and to thermophiles
(living at high temperatures above to 37∘C), there is a clear
increase in the number and strength of all known weak
interactions and structural factors, such as hydrophobicity,
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polar surface area of the molecules, involved in protein
stability [10–13].Therefore, the samemechanismofmolecular
adaptation is involved in response to two distinct selective
pressures, that is, the requirement for stable protein structure
and activity in thermophiles and the requirement for high
enzyme activity in psychrophiles. This of course suggests
intricate and still controversial relationships between activity
and stability in these naturally evolved enzymes. It seems that
each extremophilic enzyme adopts its own adaptive strategy.
In this contest, SHMT, for its ubiquitous nature and its critical
metabolic role, represents a paradigm to study enzymes’
adaptations to extreme environments.

The discovery of new extremophilic microorganisms and
their enzymes had a great impact on the field of biocatalysis.
The industrial application of enzymes that can withstand
harsh conditions has greatly increased over the past decade.
Recent advances in the study of extremozymes point to
the acceleration of this trend. Much of the biotechnological
interest in enzymes from extremophilic organisms stems
from their surprising properties. In general, it has been found
that psychrophilic enzymes can help to enhance yields of
heat-sensitive products, halophilic enzymes, that are stable
in high salt concentrations, serve as models for biocatalysis
in low-water media, and thermophilic enzymes are highly
resistant to proteases, detergents, and chaotropic agents,
which may also afford resistance to the effects of organic
solvents [14, 15]. Table 1 lists extremophiles by habitat and
some applications of their enzymes.

2. SHMT

Serine hydroxymethyltransferase (SHMT; EC 2.1.2.1) is a
ubiquitous and extensively studied pyridoxal 5󸀠-phosphate-
(PLP dependent-) enzyme that catalyzes the reversible
transfer of C𝛽 of L-serine to tetrahydropteroylglutamate
(H
4
PteGlu), with formation of glycine and 5,10-methylene-

H
4
PteGlu. This reaction is a primary source of the one-

carbon units required for the synthesis of thymidylate,
purines, and methionine. Moreover, SHMT shows an excep-
tionally broad substrate and reaction specificity in vitro.
In fact, with the appropriate substrate analogues, SHMT
catalyzes H

4
PteGlu-independent transamination, racemisa-

tion, decarboxylation, condensation, and retroaldol cleavage
reactions [16, 17]. The rate of the cleavage of a number of
3-hydroxy-amino acids to glycine and the corresponding
aldehyde, in some case, approaches and even exceeds the
rate of serine cleavage [18, 19]. The increasing availability
of solved crystal structures of the enzyme from various
prokaryotic and eukaryotic sources [20–24] contributed to
clarify a number of observations previously acquired with
classical biochemical studies. SHMTbelongs to the fold type I
group (or aspartate aminotransferase family), which includes
many of the best characterized PLP-dependent enzymes. An
evolutionary analysis of the fold type I enzymes revealed
that SHMT and l-threonine aldolase may actually belong to
a subgroup of closely related proteins [25]; fungal alanine
racemase, an extremely close relative of l-threonine aldolase,
also appears to be a member of the same subgroup [26]. As

for the other members of this group, each enzyme subunit,
which associates into dimers in prokaryotes and tetramers
in eukaryotes, folds into two domains. The active site is
located at the interface of the domains and is delimited
by amino acid residues contributed by both subunits of
the dimer. Several mechanisms have been proposed for
the hydroxymethyl transfer [16, 27]. Although the reported
crystal structures have provided a wealth of information
regarding the architecture of the enzyme, the active site,
and the residues involved in substrate binding and cataly-
sis, several aspects of SHMT catalytic mechanism remain
uncertain [28]. The currently accepted mechanism for the
hydroxymethyltransferase reaction consists of a modified
folate-dependent retroaldol cleavage via direct nucleophilic
attack of N5 of H

4
PteGlu to C𝛽 of L-serine, which results

in the elimination of the quinonoid intermediate [28, 29]
(Scheme 1).

The type of reaction catalyzed by SHMT with different
substrate analogues is apparently determined by the structure
of the amino acid substrate. With L-serine or glycine, SHMT
catalyzes none of the alternative reactions. The currently
accepted model attributes this reaction specificity to the
existence of an “open” and a “closed” active site conformation,
as observed in other members of this family [30]. The phys-
iological substrates trigger the closed conformation, whereas
alternative substrates react, while the enzyme remains in the
open conformation, which permits alternative reaction paths
[31]. The folding mechanism of Escherichia coli SHMT has
been also investigated and understood in detail [32–34]. It
may be divided into two phases and terminates with PLP
binding. In the first step, the large and small domains rapidly
assume their native state, forming a folding intermediate
that is not able to bind PLP. In the second, slower phase,
the enzyme folds into the native structure, acquiring the
capability to bind the cofactor. Although the crystallographic
data have provided a framework for a better understanding of
folding studies [35], the key events required for the transition
from the first to the second phase remain unclear. Most
work on SHMT has focused on enzymes from mesophilic
bacteria and eukaryotic organisms. Insights into a better
understanding of the structural and functional properties of
SHMT could be derived from the studies of the extremophilic
enzymes, due to their amazing catalytic characteristics.

SHMT is one of the very few PLP-dependent enzymes
that can be found in all living organisms [36], and as it plays
a central role in cellular metabolism, it has been repeatedly
hailed as a potential target for the development of anticancer
and antimicrobial agents [37–39].

3. Thermophilic SHMTs

The thermophilic SHMTs, so far investigated, are present
in organisms which belong to the two different kingdoms
of life: Archaea and Eubacteria. In Eukarya and Eubacteria,
H
4
PteGlu functions as a carrier of C1 units in several oxida-

tion states, which are used in the biosynthesis of important
cellular components, such as purines and thymidylate, and
in the regeneration of methionine from homocysteine. The
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Table 1: Industrial applications of enzymes isolated from extremophiles.

Extremophiles Habitat Enzymes Representative applications

Thermophile High temperature

Amylases
Xylanases
Proteases

DNA polymerases

Production of glucose, fructose for sweeteners
Paper bleaching
Used in baking, brewing, and as detergent additive
Genetic engineering

Psychrophile Low temperature
Proteases

Dehydrogenases
Amylases

Cheese maturation
Biosensors
Polymer degradation in detergents

Acidophile Low pH Sulfur oxidation Desulfurization of coal
Alkalophile High pH Cellulases Polymer degradation in detergent
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reaction catalyzed by SHMT represents in these organisms
one of the major loading routes of C1 units onto the folate
carrier [27]. In methanogens and several other Archaea,
C1 fragments from formyl to methyl oxidation levels are
carried by tetrahydromethanopterin (H

4
MPT), a pterin-

containing compound involved in methanogenesis [40].
Although H

4
PteGlu and H

4
MPT are structurally similar

(Figure 1) and are employed in analogous reactions, most
of the H

4
PteGlu-specific and H

4
MPT-specific enzymes are

phylogenetically not related. H
4
MPT does not appear to be

suited to most of the biosynthetic functions of H
4
PteGlu.

Moreover, the biosynthetic pathways of the two carriers have
few, if any, homologies, suggesting the possibility of separate
evolutionary origins. In the metabolism of folates, SHMT
represents a unique link between Archaea and the rest of
living beings, in the sense that while all SHMTs clearly share
a common evolutionary origin [41], other enzymes which use
H
4
MPT as cofactor do not show any significant similarity to

their eukaryotic and eubacterial counterparts [40]. Although
a gene encoding SHMT is present in all archaeal genomes
so far sequenced, little information is available on the cat-
alytic properties, and metabolic role of the enzyme in these
organisms. Modified folates are not commercially available
and this has clearly hindered a satisfactory characterization of
archaeal SHMTs. Moreover, the purification of the enzymes
from Archaea which thrive in extreme environments is
complicated by the difficulty of growing these organisms in
a laboratory.

Regarding enzymes derived from archaeal organisms,
two reports of purified SHMT activity, from Methanobac-
terium thermoautotrophicum, renamed Methanothermobac-
ter marburgensis [42], and from Sulfolobus solfataricus [43],

with limited structural and functional characterization, have
been made. In the first report, the enzyme was proposed to
function in vivo in the direction of L-serine biosynthesis.
Both works provided evidence that SHMT was selective
towards the modified folates used by the source organisms:
H
4
MPT, for M. marburgensis and sulfopterin for S. solfa-

taricus [40, 44]. More recently, SHMT from the hyperther-
mophilic methanogen Methanococcus jannaschii has been
expressed in E. coli, purified, and characterized [45]. The
results reported in that work suggested that the active site
structure and the mechanism ofM. jannaschii SHMT exhibit
no significant differences with respect to their bacterial and
eukaryotic counterparts, although the enzyme is charac-
terized by the ability to bind and use the modified folate
H
4
MPT as substrate and by an elevated thermal stability. For

a better understanding of the functional characteristics of
archaeal SHMTs, maybe it would be useful to have the same
more structural information, such as the three-dimensional
structures of the proteins. Concerning the eubacterial ther-
mophilic SHMTs, two three-dimensional structures are avail-
able in Protein Data Bank: one from Thermus thermophilus
(PDB ID: 2DKJ) and the other from Bacillus stearother-
mophilus (PDB ID: 1KKJ). So far, the best characterized
thermophilic SHMT is the enzyme purified from Bacillus
stearothermophilus (bstSHMT), a Gram-positive bacterium,
which is able to grow within a temperature range of 30–
75∘C [46]. The crystal structures of this enzyme have been
determined in its internal aldimine form, in binary complex
with serine and glycine (external aldimine form), and in
ternary complex with glycine and 5-formyltetrahydrofolate
(FTHF) [21].Thedifferent structures presented by the authors
and the comparison with the other SHMT structures from
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Figure 1: Structures of tetrahydropteroylglutamate (a), tetrahydromethanopterin (b), and sulfopterin (c).

different sources provide interesting structural information
in the reaction mechanism of SHMT. The bstSHMT-L-
serine complex does not show any significant conformational
change compared with the enzyme without bound substrate,
contrary to that expected for a conversion from an “open” to
“closed” form of the enzyme. However, the ternary complex
with FTHF and glycine shows the reported conformational
changes. In Figure 2, where active site regions in the inter-
nal and external aldimine structures (ternary complex) of
bstSHMT are depicted, it is possible to see the rotation of PLP
ring and the conformational changes of the same active site
residues. These small but significant conformational changes
are similar to that observed in the structures of the murine
cytoplasmic SHMT and E. coli SHMT [22, 23].

In contrast to the E. coli enzyme, this complex shows
asymmetric binding of the FTHF to the two monomers
within the dimer in a way similar to the murine SHMT. A
detailed analysis of bstSHMT structures and a comparison
with previously reported structures allow an accurate deter-
mination of conformational changes in protein structure,
orientation of the PLP ring, and key amino acid residues
during different stages of catalysis. An analysis of these
results provides structural evidence for a direct transfer
mechanism for the SHMT catalyzed reaction (Scheme 1).
Further studies on kinetic and structural properties of many
bstSHMT active-site mutants confirmed these results [47–
49].

Moreover, an extensive characterization of the structural
and functional changes of the bstSHMTduring unfolding has
been carried out [50, 51].Theunfolding properties of the ther-
mophilic enzyme were compared with that of the mesophilic
homologues, Bacillus subtilis SHMT (bsSHMT), with which
it shares 77% amino acid sequence identity and with that
reported for E. coli aspartate aminotransferase (eAAT), a
mesophilic protein which belongs to the same structural

family even sharing a low level of amino acid sequence iden-
tity (about 14%) [52]. The results suggest that the bstSHMT
follows an unfolding mechanism very different from that
followed by the bsSHMT, despite the high degree of sequence
amino acid identity of the two proteins. Instead, the unfolding
mechanism of bsSHMT is similar to the one followed by the
mesophilic aspartate aminotransferase. In fact, bsSHMT and
eAAT undergo a noncooperative unfolding with stabilization
of intermediates during the unfolding process, whereas the
bstSHMT undergoes a highly cooperative unfolding with
dissociation of the two monomers and unfolding of native
dimer occurring in a single step. Interestingly, preliminary
unfolding experiments carried out in our laboratory using
theM. jannaschii SHMT seem to indicate the same unfolding
pathway as the bstSHMT (unpublished results).

It would be interesting to compare the kinetic parameters
for the folate-dependent and folate-independent reactions of
SHMTs from organisms adapted to different temperature. As
shown in Table 2, the thermophilic enzyme does not show
any enzymatic activity which is significantly different from
that shown by the mesophilic enzyme. On the contrary,
the kinetic parameters shown by the psychrophilic SHMT,
especially that for the folate-independent reactions, suggest
that the cold-adapted enzyme is a more suitable catalyst with
respect to the mesophilic one (see next paragraph).

4. Psychrophilic SHMTs

Whereas many theoretical and experimental studies have
been devoted to clarify the molecular basis of the adaption of
thermophilic enzymes to high temperatures, comparing sin-
gle thermophilic proteins with their mesophilic counterparts
and systematically examining different properties for families
of proteins [10, 55, 56], molecular mechanisms of cold adap-
tation are still relatively unknown. Because of their higher
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Table 2: Comparison of the kinetic parameters of the reactions catalyzed by different SHMTs.

Substrate E. coli SHMTa SHMTa P. ingrahamii B. stearothermophilus SHMTb

𝐾
𝑚

(mM)
𝑘cat

(min−1)
𝐾
𝑚

(mM)
𝑘cat

(min−1)
𝐾
𝑚

(mM)
𝑘cat
(s−1)

L-Threonine 43d 4.3d 20.2f 6.6f NDc NDc

L-Threo-phenylserine 19d 167d 17.2f 852f NDc NDc

L-Allo-threonine 1.5e 30e 1.6f 107f 0.9g 0.47g

L-Serine 0.3e 640e 0.4f 555f 0.9g 3.9g
aReactions were carried out at 30∘C
bReactions were carried out at 37∘C
cNot determined
dFrom [25]
eFrom [53]
fFrom [54]
gFrom [48].

FTHF

Tyr51∗

His122

Asp197

Arg357

Lys226

PLP

Asn98

Gly

His200

Glu53∗

Figure 2: Superimposition of SHMT internal and external aldimine
structures. Active site structures of B. stearothermophilus SHMT
(internal aldimine form: PDB ID 1kkj) and B. stearothermophilus
SHMT in complex with glycine and 5-formyl-H

4
PteGlu (PDB ID

1kl2) are displayed as yellow and cyan sticks, respectively. The 5-
formyl-H

4
PteGlu molecule (FTHF) is displayed as magenta sticks.

Side chains from the other subunits are rendered as brown sticks,
and the corresponding labels are marked with asterisks. The picture
was generated using PyMOL.

catalytic efficiency at low temperatures, enzymes extracted
from psychrophilic organisms have significant potential for
biotechnological applications, in particular in industrial pro-
cesses as energy savers and in detergent industry as additives
[57, 58]. The structural adaptation of SHMT synthesized
by microorganisms adapted to low temperatures was first
investigated using an in silico comparative approach, with
the aim to detect significant variations of physicochemical
properties in SHMTs [59]. Subsequently, the enzyme from
psychrophilic microorganism Psychromonas ingrahamii was
expressed in Escherichia coli, purified, and characterized with
respect to its spectroscopic, catalytic, and thermodynamic
properties [54]. The properties of the psychrophilic enzyme
have been contrasted with the homologous counterparts
from E. coli, which has been extensively, structurally, and
functionally characterized [53]. As shown in Table 2, P.
ingrahamii SHMT (piSHMT) displays higher turnover num-
bers with respect to E. coli SHMT (eSHMT), in particular
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Figure 3: Temperature dependence of enzyme activity of pi-(gray
dots and left axis scale) and e-(black squares and right axis scale)
SHMTs. Activities were measured for the retroaldol cleavage of L-
threo-phenylserine. The picture is adapted from [54].

for the side reactions where many substrates, typically 𝛽-
hydroxy-𝛼-amino acids, represent important compounds in
pharmaceuticals, agrochemicals, and food additives [60].
Most of the comparative studies have been focused on
thermal stability. Heat inactivation experiments indicated
that piSHMT activity is heat labile, and the apparent melting
temperature of the protein is 62∘C, which is lower than that
of the eSHMT [61] (Table 3).

Interestingly, the difference of the apparent Tm values
between the apoform and the holoform of the psychrophilic
enzyme is about 20 degrees (Table 3). This observation
suggests that the intrinsic instability of the active site is
partly compensated by the interaction with the cofactor. The
instability and the consequent flexibility of the active site
may be functionally relevant also for the conformational
transitions it must undergo during the low temperature
transfer of the PLP to its binding site within the apoenzyme
[34, 62]. Noteworthy, the optimal temperature of enzyme
activity of piSHMT is 50∘C, which is the same value shown by
the eSHMT, although the piSHMT activity is at least tenfold
higher than eSHMT activity (Figure 3).



6 BioMed Research International

Table 3: Apparent melting temperatures (Tm) of different SHMTs.

Tm of apoenzymes (∘C) Tm of holoenzymes (∘C) Tm in presence of L-Serine (∘C) Reference
E. coli SHMT 58.8 69.5 73.0 [61]
P. ingrahamii SHMT 42.0 62.0 NDa [54]
B. stearothermophilus SHMT NDa 65.0 74.0 [48]
aNot determined.

The relatively high activity characterizing psychrophilic
enzymes is the main adaptive parameter to low temperatures
and seems to be achieved by the destabilization of the active
site or of the entire protein structure, allowing the catalytic
center to be more flexible at low temperatures. In this way,
the enzyme should be able to reach the transition complex
with lower requirement of energy, generally not abundant
in a low temperature environment [63]. Recently, articles
aimed at finding common structural determinants for cold
adaptation have been published (e.g., [11, 13]). Compared
with their mesophilic and thermophilic counterparts, cold-
adapted enzymes have been reported to share common
features such as reduction of the number of Arg, Pro, and
Glu and increase in the number of Asn, Gln, Ser, and Met;
low Ala/Leu ratio, and lower fraction of larger aliphatic
residues expressed by the (Ile+Leu)/(Ile+Leu+Val) ratio; low-
ered Arg/(Arg+Lys) ratio; reduction in the hydrophobicity
of the enzyme; increase of negative charge which facilitates
interactionwith the solvent; more polar and less hydrophobic
residues; fewer hydrogen bond, aromatic interactions, and
ion pairs; additional surface loops with more polar residues
and lower Pro content. However, no structural feature is
present in all cold-adapted enzymes, and no structural feature
always correlates with cold adaptation [64]. piSHMT could
represent an attractive and interesting enzyme to highlight
the structural characteristics coupled to the adaptation to
low temperatures, since its structure is very conserved during
evolution. Moreover, for its particular catalytic properties,
this enzyme is very promising in biotechnological applica-
tions (see next paragraph).

5. Extremophilic SHMTs as a Valuable Tool
for Biotechnological Applications

With the steady growth of the importance of enan-
tiomerically pure or enriched compounds in pharmaceuti-
cals, agrochemicals, and food additives, the so-called “chiral
market” has become an expanding area of the fine chemicals
industry [65]. In particular, 𝛽-hydroxy-𝛼-amino acids are
an important class of natural products that have recently
received much attention due to their biological activity on
their own and as constituents of many naturally occur-
ring complex compounds, such as antibiotics and immuno-
suppressants. For example, L-threo-𝛽-(3,4-dihydroxyphenyl)
serine is a special remedy in the Parkinson’s disease treatment
as an agent for norepinephrine precursor therapy [66], L-
threo-𝛼-(4-methylthiophenyl) serine is an intermediate for
the production of antibiotics, such as florfenicol and thi-
amphenicol [67, 68], 4-hydroxy-L-threonine is a precursor of

rhizobitoxine, and 3,4,5-trihydroxy-L-aminopentanoic acid
is a key component of polyoxins [69]. Furthermore, the
𝛽-hydroxy-𝛼-amino acids, as polyfunctional compounds,
might be useful for building blocks for peptidomimetics and
other nonproteinogenic peptide-like molecules of biological
interest. 𝛽-hydroxy-𝛼-amino acids can be obtained through
the asymmetric chemical synthesis. Hayashi and Belokon
carried out a series of fundamental and creative research in
this field; for example, they have investigated asymmetric
aldol reactions of isocyanoacetic derivatives with fluoroaryl
aldehydes, benzaldehydes, and aryl ketones catalyzed by
gold (I) or silver(I)/triethylamine [70, 71]. In addition to
asymmetric synthesis, 𝛽-hydroxy-𝛼-amino acids are mainly
produced through chemical synthesis processes, followed
by chiral resolution [72]. These processes however have
some drawbacks, such as the following: chiral resolution is
time-consuming and inefficient, and the overuse of organic
solvents results in environmental problems. Accordingly, the
development of an efficient and clean enzymatic resolution
process is desirable. As discussed previously, SHMT catalyzes
the cleavage of several C3-OH amino acids varying in
substituent and stereochemistry at C3, with most research
focusing on threonine and 𝛽-phenylserine [18, 19]. None of
these reactions requires H

4
PteGlu as a cosubstrate, and the

rates approach or exceed the rate of H
4
PteGlu-dependent

serine cleavage. Therefore, SHMT represents a good tool
for biotechnological applications. Extensive studies have
been carried out on the biotransformation activity of serine
hydroxymethyltransferase fromdifferent species.The SHMTs
extracted fromH. methylovorum and from E. coli were found
to have a wide substrate specificity. Regarding the degrada-
tion of the 𝛽-hydroxy-𝛼-amino acids, 𝛽-threo-phenylserine,
L-serine, allo-threonine, threo-3,4-dihydroxy-phenylserine,
and L-threonine were good substrates [53, 73]. SHMT also
showed potential as a biocatalyst for the stereoselective
synthesis of 𝛽-hydroxy-𝛼-amino acids. In [74] the authors
described the aldol addition of glycine to nonnatural aldehy-
des, such as benzyloxyacetaldehyde and (R)-N-Cbz-alaninal
(Cbz = benzyloxycarbonyl) to corresponding 𝛽-hydroxy-𝛼-
aminoacid diastereoisomers catalyzed by the recombinant
SHMT derived from the Streptococcus thermophilus YKA-
184 strain. The reaction described in that work shows a
moderate stereospecificity concerning the 𝛽-carbon, with
diastereomeric ratio of 80 : 20 between the L-threo isomer
versus L-erythro isomer (Scheme 2).

In [75], the authors investigated the effect of reaction vari-
ables, such as temperature, reaction media, and glycine con-
centration on this aldol addition reaction and the diastere-
omeric ratio, with the aim to obtain a better enzymatic
reaction performance and to further exploit the synthetic
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utility of this enzyme. In particular, it has been shown that
temperature is an important parameter. In fact, at low temper-
atures, the retroaldol activity is strongly inhibited, whereas
a high synthetic capacity is maintained. Thus, it might be
synthetically useful towork at low temperatures.Moreover, in
[76], it has been reported the diastereospecific formation of L-
allo-threonine catalyzed by an E. coli strain harbouring serine
hydroxymethyltransferase gene (glyA gene) (Scheme 3).

These results show that SHMT could be a promising
biocatalyst for the stereoselective synthesis of 𝛽-hydroxy-𝛼-
amino acids. Such industrial processeswould benefit from the
employ of SHMTs that function at extreme temperature. Gen-
erally, thermophilic enzymes offer economic advantages such
as increased rates of reactions, a higher substrate solubility,
and/or longer enzymehalf-lives at the conditions of industrial
processes. On the other hand, psychrophilic enzymes provide
other important benefits through energy savings: they exhibit
increased reaction yields in cold environments, a high level of
stereospecificity, an increased thermal lability for rapid and
easy enzyme inactivation when required and minimization
of undesirable chemical reactions that can occur at higher
temperatures. In particular, the structural and functional
properties of the cold-adapted SHMT from Psychromonas
ingrahamii described in [54] are especially promising for
biotechnological applications. This enzyme, in fact, is a more
efficient biocatalyst compared to the other SHMTs, especially
for the side reactions involving 𝛽-hydroxy-𝛼-amino acids as
substrates. However, further investigations are required for
a better understanding of the catalytic properties and, in
particular, the stereospecificity of piSHMT. Stereospecificity
in cold-adapted enzymes has been poorly investigated. It
has been reported [77] that psychrophilic enzymes seem to
be more stereoselective with respect to meso/thermophilic
homologs, although it is not completely clear how the high
flexibility of their molecules can be related to this peculiarity.

6. Conclusions

The synthesis of polymer precursors, pharmaceuticals, spe-
cialty chemicals, and agrochemicals is often hampered by

expensive processes that suffer from low selectivity and
undesired byproducts. Mesophilic enzymes are often not
well suited for the harsh reaction conditions required in
industrial processes because of the lack of enzyme stability.
The recent advances in the study of the stable enzymes from
extremophiles have resulted in their increased use for appli-
cations in the organic synthesis. Our understanding of the
biochemical and structural properties of the extremophilic
SHMTs, coupled to enzyme modification by rational protein
engineering or directed evolution, could lead to improved
catalytic and physical properties and the development of
novel catalytic functions.
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Human Dopa decarboxylase (hDDC), a pyridoxal 5󸀠-phosphate (PLP) enzyme, displays maxima at 420 and 335 nm and emits
fluorescence at 384 and 504 nm upon excitation at 335 nm and at 504 nm when excited at 420 nm. Absorbance and fluorescence
titrations of hDDC-bound coenzyme identify a single pKspec of ∼7.2. This pKspec could not represent the ionization of a functional
group on the Schiff base but that of an enzymic residue governing the equilibrium between the low- and the high-pH forms of
the internal aldimine. During the reaction of hDDC with L-Dopa, monitored by stopped-flow spectrophotometry, a 420 nm band
attributed to the 4󸀠-N-protonated external aldimine first appears, and its decrease parallels the emergence of a 390 nmpeak, assigned
to the 4󸀠-N-unprotonated external aldimine. The pH profile of the spectral change at 390 nm displays a pK of 6.4, a value similar
to that (∼6.3) observed in both 𝑘cat and 𝑘cat/K𝑚 profiles. This suggests that this pK represents the ESH+ → ES catalytic step. The
assignment of the pKs of 7.9 and 8.3 observed on the basic side of 𝑘cat and the PLP binding affinity profiles, respectively, is also
analyzed and discussed.

1. Introduction

Dopa decarboxylase (DDC; EC 4.1.1.28) is a pyridoxal 5󸀠-
phosphate- (PLP-) dependent enzyme which catalyzes the
irreversible decarboxylation of L-Dopa and L-5-hydroxy-
tryptophan (5-HTP), thus producing the neurotransmitters
dopamine and serotonin.The enzyme accepts other catechol-
or indole-related L-amino acids and has been therefore also
named L-aromatic amino acid decarboxylase (AADC). Like
other PLP enzymes [1–7], DDC is of clinical interest since it is
involved either in Parkinson’s disease, a degenerative disorder
of the central nervous system resulting from the death of dop-
amine-generating cells in the substantia nigra, or in AADC
deficiency, a rare inherited neurometabolic disease due to
mutations on the AADC gene leading to deficit of catechol-
amines and serotonin in the central nervous system and
periphery [8]. Thus, the elucidation of the structural and
functional features of the enzyme is relevant for the devel-
opment of treatment strategies for both disorders. In this
regard, a structure-based design search aimed at identifying

inhibitors of peripheral DDC more selective than those
currently administered to patients with Parkinson’s disease
has been recently reported [9]. Moreover, the molecular basis
of AADC deficiency analyzed by comparing the character-
istics of normal human DDC (hDDC) with those of some
pathogenic variants in their recombinant purified form has
allowed not only to unravel their molecular defects but also
to suggest appropriate therapeutic treatments for patients
bearing the examined mutations [10, 11].

Progress in understanding the structure/function rela-
tionships operating in DDC has been obtained by means
of kinetic, spectroscopic, and structural studies on the pig
kidney and rat liver enzymes, either in the naturally occurring
[12–17] or in the recombinant purified [18–26] forms, as well
as, more recently, on recombinant purified hDDC [9–11, 27].
The crystal structure of pig kidney holo DDC alone and in
complex with carbidopa (a substrate analog endowed with
a hydrazinic group) has been solved at 2.6 and 2.5 Å resolu-
tions, respectively [28]. The overall structure of the protein is
a tightly associated dimer in which the active site is buried
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in the central part. Each monomer is composed of a large
domain and a C-terminal domain, typical of the aspartate
aminotransferase family (Fold Type I), as well as an N-
terminal domain characteristic of Group II decarboxylases.
Several other features of DDC are evident in these structures:
(i) the way in which PLP is anchored to the enzyme involving
His302 and His192, two highly conserved residues in 𝛼-
decarboxylases [29]; (ii) how the inhibitor binds; and (iii)
which amino acid residues might be involved in the catalytic
activity. Unexpectedly, the crystal structure of hDDC in the
apo form reveals that it exists in an open conformation in
which the dimer subunits move 20 Å apart and the two
active sites become solvent exposed.Moreover, by varying the
PLP concentration in the crystals of the open DDC, two
more structures have been solved, thus allowing to identify
the structural determinants of the conformational change
occurring upon PLP binding [27].

Although DDC enzymes share similar absorption spec-
tra, that is, absorption maxima at 420 and 335 nm, pig kidney
and rat liver enzymes display different PLP emission fluo-
rescent properties, possibly due to the presence, even if to a
different degree, of a species absorbing at 335 nmand emitting
fluorescence at 390 nm in their apoenzyme forms [15, 24, 25].
These findings, together with the fact that the coenzyme
absorbing bands show amodest pHdependence, do not allow
to unequivocally assign the 335 nm absorbing band to a form
of the internal aldimine and to understand how the equi-
librium between the 420 and 335 nm species is governed.
Moreover, although previous spectroscopic analyses of the
reaction of both pig kidney and rat liver DDC with L-Dopa
provided evidence for the appearance of two intermediates
absorbing at 420 and 385 nm, the assignment of these species
is conflicting. These absorbance bands have been attributed
to 1-N-protonated-4󸀠-N-protonated and 1-N-protonated-4󸀠-
N-unprotonated Schiff bases shown by the low- and high-pH
forms of the external aldimine [13, 17]. On the other hand,
other authors suggested that these species were formed
during the course of the decarboxylation reaction, being the
420 nm and the 385 nm either the adsorption complex and
the external aldimine with L-Dopa, respectively [25, 26], or
two different external aldimines [30].

The present study presents a detailed investigation of
the pH dependence of the bound coenzyme absorbance and
fluorescence features and of the steady-state kinetic param-
eters of hDDC. Additionally, changes of the absorbance
bands of hDDC upon L-Dopa binding as a function of pH
have been monitored by rapid scanning stopped-flow exper-
iments. Taken together, the results allow us to identify three
observable ionizations in hDDCand to propose their involve-
ment in the structures of the bound coenzyme and in the
intermediates along the decarboxylation pathway.

2. Material and Methods

2.1. Chemicals. L-Dopa, PLP, 2,4,6-trinitrobenzene-1-sulfonic
acid, isopropyl-𝛽-D-thiogalactopyranoside, and protease
inhibitor cocktail were purchased from Sigma-Aldrich. Bis-
Tris-propane at a final concentration of 50mM was used

over the pH range 6–8.8. The other chemicals were of the
highest purity available.

2.2. Enzyme Preparation. The conditions used for expression
and purification of hDDC were as previously described [11].
The apo form was prepared as previously reported [11].

2.3. Binding Affinity of hDDC for PLP. The equilibrium
dissociation constant for PLP, KD(PLP), was determined by
measuring the quenching of the intrinsic fluorescence of
the apoenzyme (0.15 𝜇M) in the presence of PLP at a
concentration range of 0.01–20𝜇M. The experiments were
carried out in 50mM Bis-Tris-propane in the pH range 6–
8.8. The KD(PLP) values were obtained by fitting the data to
the following equation:

𝑌 = 𝑌MAX

[𝐸]
𝑡
+ [PLP]

𝑡
+ KD(PLP) − √([𝐸]𝑡 + [PLP]𝑡 + KD(PLP))

2

− 4[𝐸]
𝑡
[PLP]

𝑡

2[𝐸]
𝑡

,

(1)

where [𝐸]
𝑡
and [PLP]

𝑡
represent the total concentrations of

hDDC dimer and PLP, respectively, 𝑌 refers to the intrinsic
fluorescence quenching changes at a PLP concentration,
[PLP], and 𝑌max refers to the aforementioned changes when
all enzyme molecules are complexed with the coenzyme.

2.4. Enzyme Assay. The decarboxylase activity toward L-
Dopa was measured by the spectrophotometric assay des-
cribed by Sherald et al. [31], and it was modified by Charteris
and John [32].Measurements were performed in the presence
of 10 𝜇M PLP. Data of enzymatic activity as a function
of substrate concentration were fitted to Michaelis-Menten
equation.

2.5. Spectral Measurements. Absorption spectra were made
with a Jasco V-550 spectrophotometer at a protein concen-
tration of 10 𝜇M. Fluorescence spectra were taken with an
FP750 Jasco spectrofluorometer using 5 nm excitation and
emission bandwidths at a protein concentration of 10𝜇M.The
enzyme solution was drawn through a 0.2𝜇m filter to reduce
light scattering from the small amount of precipitate. Spectra
of blanks, that is, samples containing all components except
hDDC, were taken immediately before the measurements of
samples containing protein.

2.6. pHStudies. Absorbance andfluorescence datawere fitted
to (2) and (3):

𝐴 =

𝐴
1
− 𝐴
2

1 + 10
pH−pKspec

+ 𝐴
2
, (2)

𝐴 =

𝐴
1
− 𝐴
2

1 + 10
pKspec−pH

+ 𝐴
2
, (3)

where 𝐴
1
and 𝐴

2
are the higher and the lower absorbance

limits at a particular wavelength, respectively.
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The log KD(PLP), log 𝑘cat, log 𝑘cat/K𝑚, and values for
hDDC versus pH were fitted to the following appropriate
equations:

log𝑌 = log
𝑌
𝐿
+ 𝑌
𝐻
(𝐻/K

1
)

1 + 𝐻/K
1

, (4)

log𝑌 = log 𝐶

1 + 𝐻/K
𝐴
+ K
𝐵
/𝐻

, (5)

log𝑌 = log 𝐶

1 + 𝐻/K
𝐴

, (6)

where K
𝐴

and K
𝐵
represent the ionization constants for

enzyme or reactant functional groups, 𝑌 is the value of the
parameter observed as a function of pH,𝐶 is the pH-indepen-
dent value of 𝑌, 𝐻 is the hydrogen ion concentration, and 𝑌

𝐿

and 𝑌
𝐻
are constant values at low and high pH, respectively.

2.7. Pre-Steady-State Kinetic Analysis by UV-Vis Stopped-Flow
Spectroscopy. hDDC was mixed using a Biologic SFM300
mixer with an equal volume of 2mM L-Dopa in 50mM Bis-
Tris-propane at pH ranging from 6.0 to 8.0. Coenzyme
absorbance changes were monitored with a TC-100 (path
length of 1 cm) quartz cell coupled to a Biokine PMS-60
instrument. The dead time was 3.8ms at a flow velocity of
8mL/sec. Absorbance scans (800) from 300 to 600 nm were
collected on a logarithmic time scale with a J&M Tidas 16256
diode array detector (Molecular kinetics, Pullman,WA).Data
were analyzed using either SPECFIT (Spectrum Software,
Claix, France) or Biokine 4.01 (Biologic, Claix, France) to
determine the observed rate constants. Single-wavelength
time courses were fit to an equation of the following general
form:

𝐴
𝑡
= 𝐴
∞
±∑𝐴

𝑖
exp(−𝑘obs𝑡), (7)

where 𝐴
𝑡
is the absorbance at time 𝑡, 𝐴

𝑖
is the amplitude of

each phase, 𝑘obs is the observed rate constant for each phase,
and 𝐴

∞
is the final absorbance.

3. Results

3.1. pH Dependence of the Internal Aldimine and Coenzyme
Binding Affinity. Apo hDDC completely lacks absorbance in
the visible region, while the holo form is characterized by
absorbance bands at 420 and 335 nm associated with positive
dichroic signals at the same wavelengths [11].The absorbance
spectrum of hDDC in the holo form changes as a function of
pH over the range 6–8.5 (Figure 1): the 335 nmband increases
with pH,while the 420 nmbanddecreases.The spectra do not
show a clear isosbestic point, thus suggesting the presence of
multiple species. When we fitted the data to curves with one,
two, or three ionizations, we found that they fit best to amodel
with one ionization ((2) and (3)): the pKspec values obtained
were 7.2 ± 0.1 and 7.3 ± 0.1 for the absorbance at 420 and
335 nm, respectively (Figure 1, inset) (Table 1).

Excitation of hDDCat 420 nmresults in an emission band
at 504 nm, whose intensity decreases as pH increases below
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Figure 1: pH dependence of the visible spectra of hDDC.
Absorbance spectra of 10 𝜇M hDDC were acquired in 50mM Bis-
Tris-propane at pH 6.0, 6.4, 7.0, 7.4, 7.7, 8.0, 8.2, and 8.5. The inset
shows the pH dependence of the absorbance at 420 (∙) and 335 nm
(∘). The solid lines represent the theoretical curves according to (2)
and (3).

Table 1: Summary of pKa values for hDDC.

Parameter pH-independent
value pK1 pK2

𝑘cat 5.1 ± 0.4 s−1 6.3 ± 0.1 7.9 ± 0.1
𝑘cat/K𝑚 174 ± 3mM−1s−1 6.1 ± 0.1
Absorbance at 420 nmpH
titration 7.2 ± 0.1

Absorbance at 335 nmpH
titration 7.3 ± 0.1

Emission fluorescence pH
titration (exc. 335 nm)

emis.384 nm 7.3 ± 0.1
emis.504 nm 7.2 ± 0.1

Emission fluorescence pH
titration (exc. 420 nm)

emis.504 nm 7.2 ± 0.1
Amplitude ext. ald. 390 nm 6.4 ± 0.3
KD(PLP) 8.3 ± 0.2

a single pK of 7.2 ± 0.1 (Figure 2(a) and inset). Moreover,
hDDC emits at 384 and 504 nm upon excitation at 335 nm.
Emission fluorescence intensity at 384 nm increases with
increasing pH, while that at 504 nm decreases (Figure 2(b)).
As shown in the inset of Figure 2(b), the pH profile for the
384 nm emission intensity increases above a single pK of
7.3 ± 0.1, while that at 504 nm decreases below a single pK of
7.1 ± 0.1 (Table 1). When emission was observed at 384 nm,
the excitation spectrum exhibits a maximum at 337 nm,
whereas at 500 nm, the excitation spectrum displays maxima
at 341 and 410 nm.

The KD(PLP) value for hDDC at pH 7.4 is 0.2 𝜇M, and it
increases as the pH increases. The pH dependence of KD(PLP)
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Figure 2: pH dependence of the internal aldimine emission fluorescence of hDDC. Emission fluorescence spectra of 10𝜇MhDDC in 50mM
Bis-Tris-propane at pH 6.0, 6.4, 6.8, 7.1, 7.4, 7.8, 8.2, and 8.5 upon excitation at 420 nm (a) and 335 nm (b). The inset of (a) shows the pH
dependence of the emission intensity at 504 nm (∙), while that of (b) shows the pH dependence of the emission intensity at 504 nm (∘) and
384 nm (∙). The solid lines represent the theoretical curves according to (2) and (3).
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Figure 3: pH dependence of KD(PLP) of hDDC. KD(PLP) values
were determined in 50mM Bis-Tris-propane at the indicated pH as
described under “Section 2”.The points shown are the experimental
values (expressed in 𝜇M), while the curve is fromfit to the data using
(4).

fits well (4), giving a pKD(PLP) value of 8.3 ± 0.2 (Figure 3,
Table 1).

3.2. pH Dependence of Kinetic Parameters for hDDC. The
pH dependence of the kinetic parameters for hDDC toward
L-Dopa was determined, and the results are shown in
Figures 4(a) and 4(b). The variation with pH of log 𝑘cat
gives rise to a bell-shaped profile: fitting the data to (5) and
(6) yields pK values of 6.3 ± 0.1 and 7.9 ± 0.1; Log 𝑘cat/K𝑚
decreases below a pK of 6.1 ± 0.1 (Table 1).

3.3. pH Dependence of External Aldimine with L-Dopa. To
obtain information about the identity of intermediates in the

reaction of hDDC with L-Dopa we carried out rapid-kinetic
spectroscopic studies over the pH range 6–8. Upon mixing
the enzyme with L-Dopa at a saturating concentration, a
biphasic spectral change was observed. In the first phase, a
rapid increase in the absorbance at 420 nm and a decrease in
the 335 nm band were observed within 50ms, followed by a
second phase, in which the absorbance at 420 nm decreases
and concomitantly a new absorbance band appears at 390,
occurring with a rate of 31 s−1 (Figure 5).The amplitude of the
absorbance changes at 390 nm increases with pH above a sin-
gle pK of 6.4±0.3 (Figure 6) (Table 1). It should be also noted
that at pH higher than 6.4 the appearance of the 390 nm band
is accompanied by that of a shoulder absorbing at ∼440 nm.
Considering that the enzyme-dopamine complex absorbs
at ∼400 nm and that only a modest amount of dopamine
(20𝜇M) is formed at the end of the second phase, the
shoulder cannot be attributed to the enzyme-dopamine com-
plex. A likely attributionmight be a quinonoid species, which,
according to Metzler et al. [33], could absorb at wavelengths
lower than 500 nm.

In order to establish if the intermediate absorbing at
420 nm represents a Michaelis complex or an external ald-
imine, its rate of formation as a function of L-Dopa concen-
tration was measured. We decided to carry out these mea-
surements at 15∘C and at pH 6.0, that is, under experimental
conditions in which the decarboxylation reaction is slow
enough so that its kinetics can be measured. As shown in
Figure 7, upon addition of L-Dopa to hDDC, an increase in
the 420 nm band with a concomitant decrease in the 335 nm
signal can be seen. The apparent first-order rate constant of
the appearance of the 420 nm band, 𝑘obs, shows a hyperbolic
dependence on L-Dopa concentration in the range 0.08–
1mM (inset of Figure 7). The 𝑘obs data were fitted to the fol-
lowing equation:

𝑘obs = 𝑘+2
[L-Dopa]
𝐾
1
+ [L-dopa]

+ 𝑘
−2
, (8)
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Figure 4: pH dependence of the kinetic parameters for the decarboxylase activity of hDDC toward L-Dopa. (a) Log 𝑘cat profile and (b) log
𝑘cat/K𝑚 profile. The assays were performed at 25∘C in 50mM Bis-Tris-propane at the indicated pH using 50 nM enzyme concentration in the
presence of 10𝜇M exogenous PLP. The points shown are the experimental values, while the curves are from fits to the data using (5) for log
𝑘cat and (6) for log 𝑘cat/K𝑚.
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Figure 5: Time-resolved spectra for the reaction of hDDC with L-
Dopa. Rapid scanning stopped-flow spectra obtained upon reaction
of hDDC (20 𝜇M)with L-Dopa (2mM) in Tris-Bis-propane, pH 7.4,
at 25∘C. Spectra were taken between 1 and 100ms at 1ms intervals
and between 101 and 200ms at 10ms intervals.

which describes the following two-step binding model
assuming that the first step is rapid:

E + L-Dopa
𝐾
1

󴀘󴀯 E-L-Dopa intermediate

𝑘
+2

󴀘󴀯

𝑘
−2

E-L-Dopa Schiff base,
(9)

where 𝐾
1
is the dissociation constant for the intermediate

(Michaelis complex or geminal diamine) formed prior to the
formation of the Schiff base species, and 𝑘

+2
and 𝑘
−2

are first-
order rate constants for an interconversion between the
intermediate and the Schiff base. Estimated values of 𝑘

+2
and
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Figure 6: pH dependence of the amplitude of the change of the
390 nm absorbance band in the reaction of hDDC with L-Dopa.
Amplitude of the 390 nm absorbance band monitored by rapid
scanning stopped-flow spectra upon reaction of hDDC (20 𝜇M) and
L-Dopa (2mM) in Tris-Bis-propane, at 25∘C at the indicated pH.
The points shown are the experimental values, while the curve is
from fit to the data using (3).

𝐾
1
based on the data in the inset of Figure 7 are 124 ± 3 s−1

and 0.32±0.02mM, respectively, while the 𝑘
−2

value is nearly
zero. The 𝐾

1
value is consistent with the K

𝑚
value at pH 6.0

(0.23 ± 0.03mM) measured under steady-state conditions,
thus strongly suggesting that the intermediate absorbing at
420 nm represents a 1-N-4󸀠-N-protonated external aldimine.
It follows that the rate of formation of the Schiff base at 25∘C
can be estimated to be around 250 s−1 using the empirical
rule of a 2-fold reduction for a 10∘C reduction in temperature.
This value is considerably higher (∼80-fold) than the 𝑘cat
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Figure 7: Single-wavelength stopped-flow measurements of the
reaction of hDDC with L-Dopa at pH 6.0 and 15∘C. Reaction of
hDDC (20 𝜇M) with L-Dopa (1mM) was carried out at 15∘C in
50mM Bis-Tris-propane (pH 6.0). Time courses at 420 and 335 nm
are reported. The solid lines are from fits to (7). The inset shows the
dependence of 𝑘obs for the increase in the intensity of the 420 nm
band as a function of the final concentrations of L-Dopa after
mixing. The points shown are the experimental values, while the
curve is from fit to the data using (8).

value at 25∘C at pH 6.0 (3 s−1), thus indicating that one of
the catalytic steps after the external Schiff base formation,
including the decarboxylation step, is rate determining in the
entire catalytic reaction [34]. All together, these data indicate
the consecutive formation of two external aldimines, one
absorbing at 420 nm and the other at 390 nm, whose struc-
tures are presented in Figure 8.

4. Discussion

ThepHdependence of catalysis and spectral features has been
studied in details for only a few PLP-dependent enzymes [35–
39]. This allowed to elucidate how ionizations control their
activities. Up to date, such analyses have been hampered for
DDC for the following reasons: (i) a large portion of the
coenzyme covalently bound is present in both pig kidney and
rat liver enzymes in an inactive form and shows absorbance
and PLP emission fluorescence similar to those of the corre-
sponding holoenzymes and (ii) both pig kidney and rat liver
DDC enzymes show little absorbance changes with altering
pH.

Unlike the apo form of pig kidney and rat liver DDC, the
apo hDDC does not display any absorbance in the 330 nm
region and does not exhibit PLP emission fluorescence.Thus,
we decided to perform a detailed investigation of the pH
dependence of the spectroscopic properties of hDDC in its
internal and external aldimine forms, of the PLP binding
affinity as well as of the steady-state kinetic parameters. The
following discussion attempts to assign the pK values
observed in these analyses.

The titration of hDDC-bound coenzyme absorbance and
fluorescence over the pH range 6–8.5 is consistent with a
deprotonation event with a pKa value of ∼7.3, which could be
the result of the deprotonation of the internal aldimine. How-
ever, there is no red shift in the 335 nm band at pH values

higher than the apparent pK, as would be expected for
the unprotonated aldimine absorbing at 360 nm. Structures
which could account for an increase in the 330 nm region
at high pH have been postulated to arise either from the
formation of an adduct upon addition of a deprotonated
nucleophilic or a hydroxyl group to the imine double bond or
from the conversion from the ketoenamine to the enolimine
tautomer. The attribution of the 335 nm absorbance band
to a substituted aldamine is in contrast with the following
data: (i) when hDDC is treated with NH

2
OH, the absorbance

bands at 420 and 335 nm are completely lost, and the
resultant apoenzyme lacks the PLP emission fluorescence,
(ii) binding of L-Dopa causes the disappearance of the
335 absorbance band, (iii) upon excitation at 335 nm, the
384 nm fluorescence emission remains at low pH where the
substituted aldamine would be destabilized by protonation,
and (iv) the fluorescence excitation spectrum at the emission
wavelength of 384 nm shows that the absorbance band that
gives the excited state is seen at 341 nm, which is apparently
longer than thewavelength generally observed for substituted
aldamine structures, 330–335 nm.Thus, it should be taken in
consideration the possibility that the 335 nm band could be
attributed to the enolimine tautomer of the Schiff base. Both
384 and 504 nm emission maxima are seen upon excitation
of hDDC at 335 nm, and acid promotes the 504 nm emission
at the expense of the 384 nm emission. Honikel and Madsen
have shown that the enolimine can emit either solely at ∼
400 or ∼500 nm, or at a combination of both wavelengths,
depending on the polarity and acidity of the solvent. Fluores-
cence emission at ∼400 nm versus 500 nm is determined by a
competition between (i) proton transfer from the enolimine
structure at the excited state to the aldimine nitrogen of the
ketoenamine in the singlet excited state and (ii) radiative
decay of the excited to the ground state [40]. On the basis
of all these considerations, we can conclude that the 384 nm
fluorescence emission of hDDC results from the excited state
of the enolimine tautomer of the Schiff base before it has
tautomerized to the ketoenamine excited state. A similar
explanation has been proposed for the pH-dependent spec-
tral changes observed for dialkylglycine decarboxylase [37],
serine glyoxylate aminotransferase [38], histidine decarboxy-
lase [41], and glutamate decarboxylase [42]. Examination of
the absorbance titration curves indicates that at pH values
much lower than the apparent pK (∼7.2) some 335 nm is still
present and that at pH values higher than pK some 420 nm
absorbing species remains. Thus, one might expect from
our results that the pyridine nitrogen in hDDC is not fully
protonated, as it is usually assumed for PLP enzymes having
an aspartate residue interacting with the pyridine nitrogen.
Accordingly, the model depicted in Scheme 1 is proposed:
the N-protonated (I) and N-unprotonated (II) ketoenamine
forms absorb at 420 nm, while the N-protonated (III) and
N-unprotonated (IV) enolimine tautomers absorb at 335 nm.
At pH values less than pK I and III will be present, while II
and IV represent the forms at pH much higher than the pK.
Ring nitrogen protonation state governs the two equilibria
between I and II absorbing at 420 nm as well as between
III and IV absorbing at 335 nm, that is, between species
spectroscopically indistinguishable. Thus, the most likely



BioMed Research International 7

HO

HO

H

C

N+

COO−

H

O

CH
3

N

H+

−−O
3
P

HO

HO

H

C

N

COO−

CH
3

N

H+

−−O
3
P

O−

420 nm 390 nm

−H+

+H+

Figure 8: Structures of the coenzyme-L-Dopa complexes absorbing at 420 nm and 390 nm.

+

H

CH
3

N

H

2− O
3
P

O−

N+

Lys303

+

H

CH
3

N

H

2− O
3
P

O

N

Lys303

H

CH
3

N

2− O
3
P

O−

N+

Lys303

H

CH
3

N

2− O
3
P

O

N

Lys303

High pHLow pH
≈ 7.3

I (420 nm) II (420 nm)

III (335 nm) IV (335 nm)

pK

Scheme 1: Putative model for the pH dependence of the internal aldimine.



8 BioMed Research International

explanation that accounts for the pH titration of coenzyme
absorbance and fluorescence is that the ionization observed
is not associated with any functional group on the Schiff base
itself. Rather, it is an active site residue in close proximity to
the coenzyme whose ionization alters the ratio between the
two tautomers that absorb at 420 and 335 nm.

The 𝑘cat profile of the decarboxylation reaction catalyzed
by hDDC toward L-Dopa displays two pKa values at about
6.3 and 7.9, thus suggesting that one group is required to
be unprotonated and a second group protonated to achieve
maximum velocity. The pKa on the acidic side of the profile
is similar to that seen in the 𝑘cat/K𝑚 profile, and, thus, it
can be concluded that this group is involved in catalysis
but not in binding. Since it has been proven that in pig
kidney DDC CO

2
release is rate limiting, 𝑘cat must report

on ionization(s) of the external aldimine. Thus, the spectral
changes taking place in the bound coenzyme upon addition
of L-Dopa have been analyzed as a function of pH by rapid
scanning stopped-flow spectroscopy. The kinetic analyses of
the reaction of hDDC with L-Dopa clearly demonstrate the
presence of two intermediates absorbing at 420 and 390 nm.
The 420 nm absorbing species is formed first, followed by
formation of the second intermediate absorbing at 390 nm.
The amplitude of the signal change at 390 nm increases with
increasing pH above a single pK of ∼6.4. The finding that the
rate of appearance of the 420 nm band measured at pH 6.0
shows that a hyperbolic dependence on the concentration of
L-Dopa is consistent with the assignment of this absorbance
band to a 4󸀠-N-protonated external aldimine. The time and
pH dependence of the conversion of the 420 to the 390 nm
absorbance band strongly suggest that the 390 nmband could
be attributed to a 4󸀠-N-unprotonated external aldimine. Even
in the absence of the spectra of these intermediates, Minelli
et al. [30] have predicted the presence of the step ESH+ →
ES, corresponding to the 420 → 390 nm conversion, along
the reaction pathway of the decarboxylation of L-Dopa. Our
results validate this proposal, thus ruling out that the 420 nm
intermediate represents Michaelis complex, as previously
suggested [25, 26]. The pK of this spectral transition (6.4)
roughly coincident with those observed in both 𝑘cat and
𝑘cat/K𝑚 profiles strengthens the argument that this ionization
is associated with a catalytic event.

There is no evidence to support an assignment of the pK
(7.9) observed on the basic side of the 𝑘cat profile to a specific
group. It is likely the same one seen in the pH profile for
KD(PLP) (8.3). Its presence on the KD(PLP) profile could suggest
that the phosphate ester of the coenzyme phosphate group is
the likely origin of this pK, which has a value similar to that
observed for the coenzyme phosphate group in Treponema
denticola cystalysin [35]. In hDDC the effect of this ionization
could be the loss of the hydrogen bond between the hydroxyl
group of Ser149 and the coenzyme phosphate group oxygen.
Considering the large conformational change accompanying
the transition from the apo to the holo form of hDDC [27],
it can be speculated that the loss of hydrogen bond not only
decreases the PLP binding affinity but also could hamper a
correct apo → holo conversion resulting in a less catalyti-
cally competent conformation as the pH increases above 8.
Nonetheless, it cannot be ruled out that the pK observed in

KD(PLP) does not coincide with the pK of the 𝑘cat profile.
In this case, the effect on the 𝑘cat could be exerted by the
ionization of a residue that, although remote from the active
site, could affect the active site. A good candidate could be
Tyr332 for which a role in C𝛼 protonation of the quinonoid
along the decarboxylation pathway has been identified [22].
Although this assignment should be taken with caution, it
is not in contrast with the detection at pH higher than pK
of a ∼440 nm absorbing shoulder attributable to a quinonoid
species. Taken together, these results indicate that the maxi-
mum 𝑘cat value of hDDC is achieved when the deprotonation
of the external aldimine and that of an unidentified residue
take place.

In the light of these data, the absence of a band absorbing
at 390 nm in the reaction with L-Dopa of four DDC variants
responsible for AADC deficiency, an inherited rare neu-
rometabolic disease, should be reconsidered. In these vari-
ants, mutations concerning amino acid residues that interact
directly or indirectly with PLP and/or its microenvironment,
cause a perturbation of the active site [11]. It can be postulated
that in these variants the external aldimine absorbing at
420 nm is not in a proper position and/or orientation to
transfer the proton at 4󸀠N of the Schiff base. Taking into
account that, according toMinelli et al. [30], the 390 nm form
is about 5-fold more reactive than the 420 nm one, it can
be speculated that their reduced catalytic activity could be
ascribable, at least in part, to the lack of the 420 → 390 nm
conversion.

5. Conclusions

A detailed investigation of the pH dependence of the steady-
state kinetic parameters, of the spectroscopic titrations of
the internal and external aldimine, as well as of the PLP
binding affinity allows us to identify three observable ion-
izations in hDDC. The following tentative assignments for
these have been made: pK

1
(6.3-6.4), the deprotonation of

the 4󸀠-N-protonated external aldimine occurring during the
decarboxylation pathway, pK

2
(∼7.2), a residue governing the

equilibrium between the low- and the high-pH forms of the
internal aldimine, and pK

3
(7.9, 8.3), two distinct groups (the

coenzyme phosphate ester of the internal aldimine and a
residue involved in the catalysis) or a unique residue affecting
both PLP binding affinity and 𝑘cat value: additional studies
will be needed to sort out the various possibilities.
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hDDC: Human Dopa decarboxylase
PLP: Pyridoxal 5󸀠-phosphate
AADC: L-Aromatic amino acid decarboxylase
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