Oxidative Medicine and Cellular Longevity

ROS and Oxidative Stress in Stem
Cells
Lead Guest Editor: Artur Cieślar-Pobuda
Guest Editors: Jianbo Yue, Hsin-chen Lee, Magdalena Skonieczna,
and Yau-Huei Wei

ROS and Oxidative Stress in Stem Cells

Oxidative Medicine and Cellular Longevity

ROS and Oxidative Stress in Stem Cells
Lead Guest Editor: Artur Cieslar-Pobuda
Guest Editors: Jianbo Yue, Hsin-chen Lee, Magdalena Skonieczna,
and Yau-Huei Wei

Copyright © 2017 Hindawi. All rights reserved.
This is a special issue published in “Oxidative Medicine and Cellular Longevity.” All articles are open access articles distributed under the
Creative Commons Attribution License, which permits unrestricted use, distribution, and reproduction in any medium, provided the
original work is properly cited.

Editorial Board
Antonio Ayala, Spain
Peter Backx, Canada
Damian Bailey, UK
Consuelo Borrás, Spain
Vittorio Calabrese, Italy
Angel Catalá, Argentina
Shao-Yu Chen, USA
Zhao Zhong Chong, USA
Giuseppe Cirillo, Italy
Massimo Collino, Italy
Mark Crabtree, UK
Manuela Curcio, Italy
Andreas Daiber, Germany
Felipe Dal Pizzol, Brazil
Francesca Danesi, Italy
Domenico D’Arca, Italy
Yolanda de Pablo, Sweden
Grégory Durand, France
Javier Egea, Spain
Ersin Fadillioglu, Turkey
Qingping Feng, Canada
Giuseppe Filomeni, Italy
Swaran J. S. Flora, India
Rodrigo Franco, USA
José Luís García-Giménez, Spain
Janusz Gebicki, Australia

Husam Ghanim, USA
Daniela Giustarini, Italy
Saeid Golbidi, Canada
Tilman Grune, Germany
Tim Hofer, Norway
Silvana Hrelia, Italy
Maria G. Isaguliants, Sweden
Vladimir Jakovljevic, Serbia
Peeter Karihtala, Finland
Eric E. Kelley, USA
Kum Kum Khanna, Australia
Neelam Khaper, Canada
Thomas Kietzmann, Finland
Jean-Claude Lavoie, Canada
Christopher Horst Lillig, Germany
Paloma B. Liton, USA
Nageswara Madamanchi, USA
Kenneth Maiese, USA
Tullia Maraldi, Italy
Reiko Matsui, USA
Steven McAnulty, USA
Bruno Meloni, Australia
Trevor A. Mori, Australia
Ryuichi Morishita, Japan
Ange Mouithys-Mickalad, Belgium
Hassan Obied, Australia

Pál Pacher, USA
Valentina Pallottini, Italy
Serafina Perrone, Italy
Tiziana Persichini, Italy
Vincent Pialoux, France
Ada Popolo, Italy
José L. Quiles, Spain
Walid Rachidi, France
Kota V. Ramana, USA
Sidhartha D. Ray, USA
Alessandra Ricelli, Italy
Francisco J. Romero, Spain
H.P. Vasantha Rupasinghe, Canada
Gabriele Saretzki, UK
Honglian Shi, USA
Cinzia Signorini, Italy
Shane Thomas, Australia
Rosa Tundis, Italy
Giuseppe Valacchi, Italy
Jeannette Vasquez-Vivar, USA
Victor M. Victor, Spain
Michal Wozniak, Poland
Sho-ichi Yamagishi, Japan
Liang-Jun Yan, USA
Guillermo Zalba, Spain
Jacek Zielonka, USA

Contents
ROS and Oxidative Stress in Stem Cells
Artur Cieślar-Pobuda, Jianbo Yue, Hsin-Chen Lee, Magdalena Skonieczna, and Yau-Huei Wei
Volume 2017, Article ID 5047168, 2 pages
Low-Dose Ionizing Radiation Affects Mesenchymal Stem Cells via Extracellular Oxidized Cell-Free
DNA: A Possible Mediator of Bystander Effect and Adaptive Response
V. A. Sergeeva, E. S. Ershova, N. N. Veiko, E. M. Malinovskaya, A. A. Kalyanov, L. V. Kameneva,
S. V. Stukalov, O. A. Dolgikh, M. S. Konkova, A. V. Ermakov, V. P. Veiko, V. L. Izhevskaya, S. I. Kutsev,
and S. V. Kostyuk
Volume 2017, Article ID 9515809, 22 pages
Hypoxia Downregulates MAPK/ERK but Not STAT3 Signaling in ROS-Dependent and
HIF-1-Independent Manners in Mouse Embryonic Stem Cells
Jan Kučera, Julie Netušilová, Stanislava Sladeček, Martina Lánová, Ondřej Vašíček, Kateřina Štefková,
Jarmila Navrátilová, Lukáš Kubala, and Jiří Pacherník
Volume 2017, Article ID 4386947, 16 pages
Metabolic Reprogramming, Autophagy, and Reactive Oxygen Species Are Necessary for Primordial
Germ Cell Reprogramming into Pluripotency
D. Sainz de la Maza, A. Moratilla, V. Aparicio, C. Lorca, Y. Alcaina, D. Martín, and M. P. De Miguel
Volume 2017, Article ID 4745252, 17 pages
NADPH Oxidases: Insights into Selected Functions and Mechanisms of Action in Cancer and Stem Cells
Magdalena Skonieczna, Tomasz Hejmo, Aleksandra Poterala-Hejmo, Artur Cieslar-Pobuda,
and Rafal J. Buldak
Volume 2017, Article ID 9420539, 15 pages
Mitochondrial Transfer from Wharton’s Jelly Mesenchymal Stem Cell to MERRF Cybrid Reduces
Oxidative Stress and Improves Mitochondrial Bioenergetics
Yao-Chung Chuang, Chia-Wei Liou, Shang-Der Chen, Pei-Wen Wang, Jiin-Haur Chuang, Mao-Meng Tiao,
Te-Yao Hsu, Hung-Yu Lin, and Tsu-Kung Lin
Volume 2017, Article ID 5691215, 22 pages
Enhancement of Mitochondrial Transfer by Antioxidants in Human Mesenchymal Stem Cells
Chia-Jung Li, Po-Kong Chen, Li-Yi Sun, and Cheng-Yoong Pang
Volume 2017, Article ID 8510805, 13 pages

Hindawi
Oxidative Medicine and Cellular Longevity
Volume 2017, Article ID 5047168, 2 pages
https://doi.org/10.1155/2017/5047168

Editorial
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Reactive oxygen species (ROS) are well known to be implicated in various important cellular processes including signaling, regulation of homeostasis, or induction of death.
Oxidative stress resulting from increased ROS production
and impaired free radical scavenging systems can cause
severe damage to biological macromolecules, aﬀecting cell
proliferation and causing genomic instability and cellular
senescence. Although ROS are involved in a wide range of
cellular processes, a limited number of studies have examined the generation and function of ROS in stem cells. It
is known that ROS may enhance diﬀerentiation of stem
cells and facilitate reprogramming into induced pluripotent
stem cells (iPSCs), but on the other hand, they are also
associated with malignant transformation or premature
aging. Stem cells have also been shown to possess defective
DNA repair machinery, which may have serious consequences for cells exposed to extensive oxidative stress. Since
stem cells are considered as a promising tool in regenerative medicine, it is crucial to know and better understand
all the processes related to ROS to prevent potential generation of mutations causing genomic instability and to avoid
unwanted ROS-driven diﬀerentiation. Thus, the mechanisms by which genomic integrity of stem cells is maintained under oxidative stress and the role of ROS should

be elucidated before stem cells ﬁnally ﬁnd their place in
clinical applications.
The paper by C.-J. Li et al. demonstrates that treatment
with antioxidants not only increases proliferation and
mitochondrial integrity of human mesenchymal stem cells
(hMSCs) but also enhances the therapeutic potential of
hMSCs by promoting the formation of tunneling nanotubes
(TNTs) between hMSCs and oxidatively injured cells in a
coculture system. The authors demonstrate that TNTs enable
hMSCs to “export” their healthy mitochondria to the injured
cells and hence decrease their oxidative stress and stabilize
the mitochondrial membrane potential of the injured cells.
Concurrently, the rescued cells also show enhanced mitophagy, implicating that their damaged mitochondria are
eliminated in order to maintain normal cell physiology. The
ﬁndings highlight that antioxidants enhance mitochondrial
transfer from hMSCs to the injured cells and provide them
with a repair mechanism.
A similar topic is presented by Y.-C. Chuang et al.
who show that Wharton’s jelly mesenchymal stem cells
(WJMSCs) are able to transfer healthy mitochondria to
cybrid cells from a patient with myoclonus epilepsy associated with ragged-red ﬁbers (MERRF) through intercellular
connections. This mitochondrial transfer is found to be
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associated with reduction of oxidative stress and improvement of mitochondrial bioenergetics in MERRF cybrid cells.
The ability of WJMSCs to “help” cells with defective mitochondrial function (e.g., MERRF cells) through donating
healthy mitochondria is an intriguing phenomenon that
may provide new cues for the development of more eﬀective treatment of diseases caused by or associated with
mitochondrial dysfunction.
V. A. Sergeeva et al. contributed an interesting study, in
which the adaptive response of MSCs to low doses of ionizing
radiation (IR) is described. The authors show that such a
response may be mediated by oxidized cell-free DNA
(cfDNA) fragments. It is demonstrated that treatment of
MSCs with low doses of IR leads to cell death of part of
the cell population and release of oxidized cfDNA, which
has the ability to penetrate into the cytoplasm of other
cells. Oxidized cfDNA, like low doses of IR, induces ROS
production, ROS-induced oxidative DNA damage, cell
cycle arrest, activation of DNA repair mechanisms, and
inhibition of apoptosis. The MSCs pretreated with a low
dose of irradiation or oxidized cfDNA are equally eﬀective
in induction of an adaptive response to the challenge of
further doses of radiation. This study suggests that oxidized
cfDNA is a stress-triggered signaling molecule that mediates
radiation-induced bystander eﬀects and that it is an important component of radioadaptive responses of cells to low
doses of IR.
D. Sainz de la Maza et al. explore the role of ROS and
autophagy on reprogramming of primordial germ cells
(PGCs) into pluripotent cells. The authors demonstrate that
a metabolic shift from oxidative phosphorylation toward glycolysis, autophagy, and mitochondrial inactivation and an
early rise in ROS levels are necessary for PGC reprogramming. It is shown that all these processes are regulated by a
correct (right) HIF1/HIF2 balance and Oct4. The cells
obtained are unable to self-renew, and it is postulated that
Blimp1 may be responsible for this.
J. Kučera et al. focus in their work on the eﬀect of
hypoxia on intracellular signaling pathways responsible
for mouse embryonic stem (ES) cell maintenance. By
employing wild-type and hypoxia inducible factor 1(HIF-1-) deﬁcient ES cells and measuring phosphorylation
of proteins of the ERK, Akt, and STAT3 pathways, the
authors investigate the response of ES cells to hypoxia.
The study shows that ERK signaling is downregulated in
hypoxia in a ROS-dependent manner, but without the
involvement of hypoxia-inducible factor HIF-1. The
authors also observe a decreased ROS level in hypoxia
and a similar phosphorylation pattern for ERK when the
cells are supplemented with glutathione.
Finally, the review article by M. Skonieczna et al. gives
an extensive overview about NADPH oxidases (NOX) and
their role in various cellular systems. The article describes
the functions and mechanisms of action of NOX and
NOX-derived ROS in stem cells, cancer cells, and cancer
stem cells. It also points out the importance of understanding
NOX-dependent cellular processes, as a future perspective
for regenerative medicine and development of new therapies
toward cancers.
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In conclusion, the aim of this special issue is to provide
updated information for readers to better understand the
role of oxidative stress and ROS in stem cell physiology.
All the articles selected for this special issue present
important ﬁndings that will undoubtedly provide useful
cues for future research.
Artur Cieślar-Pobuda
Jianbo Yue
Hsin-Chen Lee
Magdalena Skonieczna
Yau-Huei Wei
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We have hypothesized that the adaptive response to low doses of ionizing radiation (IR) is mediated by oxidized cell-free DNA
(cfDNA) fragments. Here, we summarize our experimental evidence for this model. Studies involving measurements of ROS,
expression of the NOX (superoxide radical production), induction of apoptosis and DNA double-strand breaks, antiapoptotic
gene expression and cell cycle inhibition conﬁrm this hypothesis. We have demonstrated that treatment of mesenchymal
stem cells (MSCs) with low doses of IR (10 cGy) leads to cell death of part of cell population and release of oxidized
cfDNA. cfDNA has the ability to penetrate into the cytoplasm of other cells. Oxidized cfDNA, like low doses of IR,
induces oxidative stress, ROS production, ROS-induced oxidative modiﬁcations of nuclear DNA, DNA breaks, arrest of the
cell cycle, activation of DNA reparation and antioxidant response, and inhibition of apoptosis. The MSCs pretreated with
low dose of irradiation or oxidized cfDNA were equally eﬀective in induction of adaptive response to challenge further
dose of radiation. Our studies suggest that oxidized cfDNA is a signaling molecule in the stress signaling that mediates
radiation-induced bystander eﬀects and that it is an important component of the development of radioadaptive responses
to low doses of IR.

1. Introduction
Human beings are constantly exposed to background sources
of IR both of natural (terrestrial and cosmic) and artiﬁcial
origin (nuclear energy, nuclear accidents, radiation for
medical purposes) [1]. The use of IR in research, industry,
homeland security, and contemporary medicine is continuously growing and increasing the potential for human
exposures [2]. However, the biological eﬀects of low-dose
ionizing radiation (LDIR) exposure are still not adequately
understood. It is possible that even if there is a potential
beneﬁcial hormetic eﬀect, there might still be risks of negative

eﬀects that have not been detected [3]. Although there are
many published reports available, the understanding of
fundamental biological processes and signaling pathways
involved in the response to LDIR in human cells is still inconsistent and not fully conclusive [2]. A number of epidemiological studies are available for LDIR exposures below
0.1 Gy on stochastic eﬀects such as cancer incidence and
eﬀects on heredity [4, 5], and it was reported that 0.06 Gy
of LDIR exposure might increase the risk of brain cancer
threefold [6]. It is well accepted that one of the major
problems in radiation research is how to extrapolate the
data obtained for high-dose IR exposures to the LDIR
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range (0.1 Gy and less). There is a “linear, no-threshold”
hypothesis [7] according to which even the smallest doses
of IR could potentially increase the cancer risk. However,
the evidence for nonlinearity in biological eﬀects of LDIR
is growing [8, 9]. The nontargeted eﬀects of IR, such as radioadaptive responses (RAR), radiation-induced bystander
eﬀects (RIBE), and LDIR hypersensitivity, add to the uncertainties of assessing the biological eﬀects of LDIR.
The eﬀects of information transfer from irradiated
(target) cells to adjacent, nontargeted cells (RIBE) have
been observed for a number of damaging agents of both
physical and chemical nature in many types of eukaryotic
cells and cover a variety of physiological eﬀects including
genomic instability, cell death, and/or RAR [10]. RIBE
and RAR are closely interconnected biologically and have
many similarities and characteristic features [10–12].
There are three possible pathways of signal transfer from
the irradiated cell to the bystander cell: through direct cellular contact with the formation of common membranous
structures, through interaction involving gap junctions, or
via signals released to the culture medium of the irradiated
cells [13], a pathway typical for the RIBE induced by radiation with low linear energy transfer [14]. Many candidate
molecules, mainly soluble proteins, have been proposed as
mediators of bystander signaling [15, 16].
Research on the role of cell-free DNA (cfDNA) circulating in the blood of healthy persons and patients has led to
the hypothesis that oxidized cfDNA (cfDNAox) released
from dying cells could mediate RIBE and RAR, and further
information on our own research on this subject can be
found here [17–20]. We researched the bystander eﬀect in
various cell types including G0 lymphocytes of peripheral
blood [17] and HUVECs [20]. As we have showed previously, one of the known markers for irradiation-induced
chromatin rearrangement, the position of pericentromeric
loci of chromosome 1 (1q12) [21], undergoes the same
change after 10 cGy of IR and when treated with cfDNAox
from the medium from irradiated cells (cfDNAoxR) [18].
Stem cells are undiﬀerentiated cells that have a potential
for unlimited division and diﬀerentiation into many types
of cells. As they have a longer life span, they are more likely
to accumulate mutations and lead to cancer [22]. IR can
aﬀect the fate of stem cells by inducing DNA damage,
arresting the cell cycle or apoptosis, both at genetic and
epigenetic levels. Researching the signaling pathways that
allow stem cells to survive IR is of importance, and the
aim of our work was to assess the development of the
RAR to low-dose IR in mesenchymal stem cells (MSCs)
and to describe the role of cfDNAox as a stress signaling
molecule that mediates RIBE.

Oxidative Medicine and Cellular Longevity
gentamycin, 60 U/ml penicillin, and 60 U/ml streptomycin
(Paneko). Cells were dissociated by incubation with 0.04%
collagenase (Sigma) in DMEM with 10% fetal bovine serum
(FBS) (PAA, Austria) at 37°C for 16 h. Cells were centrifuged
at 200g for 10 min, transferred into slide ﬂasks and cultivated
at 37°C in AmnioMax Basal Medium with AmnioMax
Supplement C100 (Gibco). Cultures were split no more than
four times before experiments.
MSCs were characterized by standard markers using
ﬂuorescence-activated cell sorting (FACS): MHC molecules
(HLA-ABC+) and adhesion molecules (CD44+, CD54 (low),
CD90+, CD106+, CD29+, CD49b (low), and CD105);
however, they were negative for hematopoietic markers
(CD34−, CD45−, and HLA-DR−) and the marker CD117
(Dominici et al. 2006). Moreover, cells diﬀerentiated into
adipocytes in the presence of inducers in a kit for adipogenic diﬀerentiation (STEMCELL Technologies). Ethical
approval for the use of MSCs was obtained from the
Regional Committees for Medical and Health Research
Ethics (approval number 5).
2.2. Irradiation of Cells. MSCs were irradiated in a growth
medium at 20°C using a pulsed Röntgen radiation unit
(ARINA-3, Spectroﬂash, Russia). The voltage on the X-tube
was ∼160 kV (∼60 keV), peak energy in the spectrum was
60 keV, and dose rate was 10 cGy/min. Nonirradiated cells
were used as controls.

2. Methods

2.3. Flow Cytometry (FACS). MSCs were washed in Versene
solution (PanEco, Moscow, Russia) and then treated with
0.25% trypsin, washed with medium, and suspended in
PBS. Cells were ﬁxed with paraformaldehyde (PFA, Sigma,
2%, 37°C, 10 min), washed three times with 0.5% BSA-PBS,
and permeabilized with 0.1% Triton X-100 in PBS (15 min,
20°C) or with 90% methanol (3 h, 4°C). The cells were washed
3× with 0.5% BSA-PBS and labeled with primary antibodies
(1 μg/ml) for 2 h (4°C) and then washed 3× with 0.5%
BSA-PBS. The following antibodies were used: γH2AXDylight488 (pSer139) (NB100-78356G, Novus Biologicals);
NOX4 (Sc-30141, Santa Cruz Biotechnology); 8OHDG
(Sc-66036, Santa Cruz Biotechnology); BRCA2 (NBP188361, Novus Biologicals); PCNA (ab2426, Abcam); Ki67FITC (sc-23900 FITC, Santa Cruz Biotechnology); and
BCL2 (Sc-783, Santa Cruz Biotechnology). Cells were then
incubated for 2 h (20°C) with FITC-conjugated goat antirabbit IgG (Sc-2012, Santa Cruz Biotechnology) or goat
anti-mouse IgG (Sc-2010, Santa Cruz Biotechnology). To
quantify the background ﬂuorescence, we stained portions
of the cells with secondary FITC-conjugated antibodies
only. To quantify DNA, cells were treated with propidium
iodide (PI) and RNase A. The cells were analyzed using a
CyFlowSpace ﬂow cytometer (Partec, Germany).

2.1. Cell Culture. MSCs were derived from adipose tissue
of patients subjected to surgical operation. To obtain
stromal cells, minced adipose tissue was digested with
collagenase as described previously [23]. Tissue samples
were mechanically disrupted in Dulbecco’s Modiﬁed Eagle
medium (DMEM) (Paneko, Moscow) containing 250 μg/ml

2.4. Annexin V Binding Assays. Cells were detached, washed
with PBS, and treated with annexin V-FITC and PI in
buﬀer (10 mM HEPES, pH 7.4, 140 mM NaCl, 2.5 mM
CaCl2) at 20°C for 15 min and immediately analyzed using
an automated cell counter (Countess II FL, Thermo
Fisher) or FACS (CyFlow Space).
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2.5. ROS Assays
2.5.1. FACS ROS Assay. After irradiation or treatment
with cfDNA, cells were washed with PBS and incubated
with 10 μM H2DCFH-DA (Invitrogen) at 37°C in the dark
for 20 min. Cells were detached, washed with PBS, and
immediately analyzed by FACS.
2.5.2. Fluorescence Microscopy. Cells were grown in slide ﬂasks
and washed in PBS. Then, 10 μM H2DCFH-DA (Molecular
Probes/Invitrogen, CA, USA) was added for 20 min, and cells
were washed 3× with PBS and immediately photographed.
2.5.3. Plate ROS Assay. Cells were grown to 80–90%
conﬂuency in 96-well plates (Nunclon, Germany). After
irradiation or treatment with DNA, cells were incubated with
10 μM H2DCFH-DA (Invitrogen) at 37°C in the dark. Fluorescence was measured with λex = 503 nm and λem = 524 nm
(EnSpire, PerkinElmer, Finland).
2.6. Fluorescence Microscopy. Cells were grown in slide ﬂasks,
ﬁxed in 2% PFA (4°C, 20 min), washed with PBS, and then
permeabilized with 0.1% Triton X-100 in PBS (15 min,
20°C), followed by blocking with 0.5% BSA in PBS (1 h,
4°C), and incubated overnight with rabbit polyclonal antibody against LC3 (Epitomics, Cambridge, MA), γH2AX
(pSer139), or NF-κB (p65) (Abcam). After washing with
0.01% Triton X-100 in PBS, cells were incubated for 2 h
(20°C) with FITC goat anti-rabbit IgG, washed with PBS,
and then stained with DAPI or PI. Nuclear fragmentation
was examined in cells washed and stained with Hoechst
33342 (Sigma, 10 μg/ml) for 10 min at 37°C. Images were
obtained using an AxioScope A1 microscope (Carl Zeiss).
2.7. Quantiﬁcation of mRNA Levels. Total mRNA was
isolated using RNeasy Mini kits (Qiagen, Germany), treated
with DNAse I, and reverse transcribed by a Reverse Transcriptase kit (Sileks, Russia). The expression proﬁles were
obtained using qRT-PCR with SYBR Green PCR Master
Mix (Applied Biosystems). The mRNA levels were analyzed
using the StepOnePlus (Applied Biosystems); the technical
error was approximately 2%. The following primers were
used (Sintol, Russia):
NOX4 (TTGGGGCTAGGATTGTGTCTA; GAGTGTT
CGGCACATGGGTA);
BCL2 (TTTGGAAATCCGACCACTAA; AAAGAAAT
GCAAGTGAATGA);
BCL2A1 (TACAGGCTGGCTCAGGACTAT; CGCAA
CATTTTGTAGCACTCTG);
BCL2L1 (CGACGAGTTTGAACTGCGGTA; GGGAT
GTCAGGTCACTGAATG);
CCND1 (TTCGTGGCCTCTAAGATGAAGG; GAGCA
GCTCCATTTGCAGC);
CDKN2A (ATGGAGCCTTCGGCTGACT; GTAACTA
TTCGGTGCGTTGGG);
BRCA1 (GGCTATCCTCTCAGAGTGACATTTTA; GC
TTTATCAGGTTATGTTGCATGGT);
BIRC2 (GAATCTGGTTTCAGCTAGTCTGG; GGTGG
GAGATAATGAATGTGCAA);
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BIRC3 (AAGCTACCTCTCAGCCTACTTT; CCACTG
TTTTCTGTACCCGGA);
BAX (F: CCCGAGAGGTCTTTTTCCGAG, R: CCAG
CCCATGATGGTTCTGAT);
BRCA2 (F: CCTCTGCCCTTATCATCACTTT, R: CCA
GATGATGTCTTCTCCATCC);
TBP (reference gene) (F: GCCCGAAACGCCGAATAT,
R: CCGTGGTTCGTGGCTCTCT).
The standard curve method was used for the quantiﬁcation of RNA levels.
2.8. Quantitation of 8-OxodG. DNAs were dissolved in
20 μl HPLC-puriﬁed water and digested for 1 h at 37°C
using 0.5 μl of DNase I (2000 U/μl), 2.3 μl 100 mM MgCl2,
and 0.5 μl 1 M Tris-HCl (pH 7.4). After adjusting the pH
to 5.2 with 0.5 μl of 3 M sodium acetate (pH 5.2), the
DNA was further digested with 1 μl of NP1 (1 unit/μl)
for 1 h followed by neutralization with 2.3 μl of 1 M TrisHCl (pH 8.0); 0.5 μl of alkaline phosphatase (1 unit/μl)
was added and further incubated for 1 h. Quantitative
analysis of 8-oxodG was performed using electrospray
ionization mass spectrometry (ESI-MS/MS) on an AB
SCIEX 3200 Qtrap machine. The sensitivity of this assay
was one molecule of 8-oxodG per 107 molecules of dG.
2.9. DNA Oxidation In Vitro. Genomic DNA was isolated
from MSCs by phenol-chloroform extraction. Hydrolysis
by DNAse I (Invitrogen, USA) was performed until the
maximal length of the DNA fragments was below 15 kb.
The resulting DNA solution (100 μg/ml) was combined
with 300 mM H2O2 under UV light (312 nm), 30 min,
25°C (gDNAox). The modiﬁed DNA was precipitated with
2 volumes of ethanol in the presence of 2 M ammonium
acetate, washed twice with 75% ethanol, and then dried
and dissolved in water. DNA concentrations were assessed
by UV spectrophotometry.
2.10. Plasmid Construction. Plasmid pEGFP-C1 that contains
the EGFP gene (http://www.bdbiosciences.com, GenBank
accession number U55763) was used as vector. The DNA
fragment to be inserted was synthesized and consisted of 59
base pairs ﬂanked with BamHI restriction sites (italics) and
containing the poly-G (underlines) sequence.

In order to obtain the DNA fragment, PCR with
primers GF_601 gggcccgggatccaccggatctagataatcgccgtcccgc
ccgccgcctt and C10 tttttggatccccccccccccaaggcggcgggcggga
cggcga was used.
The fragment was puriﬁed by agarose gel electrophoresis and treated with BamHI. The vector pEGFP-C1 was
treated with BamHI and added to the DNA fragments
with subsequent ligation with T4 DNA ligase. Competent
E. coli (strain JM110) were then transformed and grown
on LB with agarose and kanamycin (50 μg/ml). The
clones were analyzed by PCR with oligonucleotides
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Table 1: Sources and characteristics of MSC lines. Cell lines were obtained from the Research Centre for Medical Genetics, Moscow.

Cell
MSC

Source
Adipose tissue from mammary gland

CD34−
CD44+
CD90+

R_SEQ_N and SEQ_C in order to conﬁrm the insertion
of the DNA fragment (SEQ_C = catggtcctgctggagttcgtg,
R_SEQ_N = caataaacaagttaacaacaacaattgc). Selected clones
were grown in liquid medium and plasmids were isolated.
After conﬁrmation of the designed DNA sequence by
sequencing, the plasmids were extracted using an Invisorb
Plasmid Maxi Kit (http://www.invitek.de).
2.11. Comet Assays. A cell suspension in low-melting-point
agarose was dropped onto slides precoated with 1%
normal-melting-point agarose. The slides were placed in
a solution (10 mM Tris-HCl, pH 10, 2.5 M NaCl, 100 mM
EDTA, 1% Triton X-100, 10% DMSO, 4°C, 1 h) and then
in electrophoresis buﬀer (300 mM NaOH, 1 mM EDTA,
pH > 13). Electrophoresis was performed for 20 min at
1 V/cm, 300 mA. The slides were ﬁxed in 70% ethanol
and stained with SYBR Green I (Invitrogen, USA).
2.12. Statistics. All the reported results were reproduced at
least three times as independent biological replicates. In
FACS, the median of signal intensities was analyzed. The
ﬁgures show the mean and standard deviation (SD) values.
The signiﬁcance of the observed diﬀerences was analyzed
with nonparametric Mann–Whitney U tests. p values < 0.05
were considered statistically signiﬁcant and are marked in
the ﬁgures with ∗ . Data were analyzed with StatPlus 2007
professional software (http://www.analystsoft.com/).

3. Results
3.1. Experimental Design. This study was performed using
human MSC lines obtained from diﬀerent donors and characterized by their CD marker expression (Table 1). We ﬁrst
demonstrated that treatment of MSCs with LDIR (10 cGy)
increases the level of 8-oxodG in cfDNA obtained from the
culture medium 2–2.5-fold. We also constructed a plasmid
containing a DNA fragment that contains a (G)n repeat that
is easy to oxidize, which penetrates into the cytoplasm of
MSCs when they are irradiated as shown by ﬂuorescence
microscopy. In the second series of experiments, we compared the eﬀects of various types of oxidized cfDNA with
those of LDIR on the levels of ROS production, DNA breaks,
and expression levels of several adaptive response genes.
Unless otherwise stated, the IR dose was 10 cGy and the concentration of oxidized cfDNA fragments (cfDNAox and
cfDNAoxR) added to cultures was 50 ng/ml with an exposure
time of 5 min up to 24 h.
3.2. Low-Dose Radiation Causes Oxidation of cfDNA In Vitro.
The concentrations of cfDNA in the growth medium used
here are 12 ± 2 ng/ml [24]. Previously published studies have
reported that genomic DNA (gDNA) from cultured cells

CD45−
CD29+
CD106−

Surface markers
HLA-ABC+
CD49b low
CD105 low

HLA-DR−
CD54 low
CD117−

contains ∼0.1 to 0.5 8-oxodG per 106 nucleotides [25, 26].
cfDNA in the medium used here contains ∼1 to 5 8-oxodG
per 106 nucleotides.
LDIR can lead to death of a part of the cell population
during the ﬁrst min of exposure. The amount of apoptotic
cells after irradiation was assessed using the marker of apoptosis annexin V. 10–20 min after irradiation, cells exhibited
signs of apoptosis, and the fraction of apoptotic cells
increases 2–2.5-fold (Figure 1(b)). Cell death leads to an
increase in the cfDNA concentration in the medium; the
concentration 20 min after irradiation with 10 cGy averaged
40 ± 5 ng/ml. IR causes oxidative stress [27] and 10 cGy
of LDIR increased the level of 8-oxodG in cfDNA up to
100–200 8-oxodG per 106 nucleotides 20 min after irradiation. The latter will be referred to here as cfDNAoxR.
CG-rich cfDNA fragments are prone to oxidation. We
further investigated if the CG-rich oxidized cfDNA penetrates into cells after treating them with 10 cGy of IR.
3.3. Oxidized cfDNA Penetrates into Cells Treated with 10 cGy
of I ∗ R. A plasmid containing a marker GFP gene and (G)n
repeats that are easy to oxidize was constructed, and its
penetration into cells was investigated by ﬂuorescence
microscopy and ﬂow cytometry. The cells were treated with
plasmids in two ways: (1) the plasmid was added to the
medium at a concentration of 100 ng/ml and the cells were
then incubated for 24 h and (2) cells were irradiated directly
after adding the plasmid to the medium. After cultivation,
cells were imaged with the same exposure and magniﬁcation.
Cells treated by method (1) exhibited weak ﬂuorescence in
the cytoplasm, while cells treated by method (2) had a higher
level of ﬂuorescence which indicates penetration of the
plasmids into the cytoplasm (Figure 1(a)).
As CG-rich oxidized cfDNA penetrates into cells, it
might mediate early responses to LDIR (10 cGy).
3.4. Oxidized cfDNA Mediates Early Responses to LDIR
(10 cGy). As we showed previously, GC-rich cfDNA can
play a role of a signaling molecule in RIBE when lymphocytes from peripheral blood are exposed to LDIR [17]. We
hypothesized that oxidized GC-rich cfDNA fragments can
be mediators of rapidly repaired DNA breaks in cells
exposed to LDIR.
cfDNA from medium of cells 15 min after irradiation
was added to MSCs. As the cfDNA in these conditions
contains a high level of oxidized bases, model fragments
of oxidized DNA were prepared (Table 2) which allowed
us to exclude the eﬀect of other factors such as level of
methylation and diﬀerences in sequence.
cfDNAox fragments were prepared by treatment of gDNA
with H2O2 and Fe2+/EDTA and the level of 8-oxodG was
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Figure 1: Low-dose radiation causes a strong antiapoptotic response. (a) (1) Flow cytometric enumeration of cells with signs of early
apoptosis by FL1 versus FSC. R: gated area, annexin V-positive cells in total population; (2) distribution of ﬂuorescence intensities of cells
stained with annexin V-FITC. (b) Signal intensity of FL1-R (1) and average signal intensity of FL1-annexin V-FITC (2) in irradiated
(10 cGy, 15 min and 2 h after exposure) and exposed to cfDNAox and cfDNAoxR (50 ng/ml, 15 min and 2 h) cells (ﬂow cytometry).
(c) Fluorescence microscopy of irradiated and exposed to cfDNAox MSCs stained with BCL2 (anti-BCL2-antibody and secondary
FITC-conjugated antibodies) and DAPI (40×), ∗ p < 0 05.
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Table 2: Content of 8-oxodG per 106 nucleotides in diﬀerent types
of DNA.

gDNA
cfDNAox
cfDNAoxR

Content of 8-oxodG per 106 nucleotides
<0.01
400
200

assessed (Table 2). Intact genomic DNA contains less 8oxodG than the threshold of sensitivity of the analysis (0.1
per 106 nucleotides), cfDNAox contains ~400 per 106 nucleotides, and cfDNA from irradiated medium (cfDNAoxR)
contains ~200 per 106 nucleotides.
The eﬀect of cfDNAox, cfDNAoxR, or LDIR on the levels
of ROS and DNA breaks was investigated. In order to conﬁrm the role of DNA oxidation in these processes, cells were
also treated with unoxidized genomic DNA and unoxidized
cfDNA from the medium of control cells.
3.4.1. cfDNAox Fragments, like LDIR, Induce a Short-Term
Increase in ROS Production. LDIR induces oxidative stress
in cells, increasing ROS production. Intracellular ROS level
was assessed using H2DCFH-DA (2,7-dichloroﬂuorescin
diacetate) [28, 29] which rapidly penetrates into the cytoplasm where intracellular esterases deacetylate it to form
nonﬂuorescent DCFH [28] which reacts with ROS forming
ﬂuorescent DCF [30]. DCF is then detected with a plate
reader to provide quantitation of total ROS in the cells. Both
IR and oxidized cfDNAox and cfDNAoxR lead to a 2-fold
increase of ROS 5–15 min after exposure (Figures 2(b) and
2(d)). However, 30 min after exposure the ROS level
decreases and in another 60 min has returned to the control
level (Figures 2(b) and 2(d)). These results were conﬁrmed
by FACS analysis of the amount of ROS in individual cells
(Figures 2(b), 2(c), and 2(d)) and by ﬂuorescence microscopy
(Figure 2(e)). Unoxidized gDNA and cfDNA fragments at
50 ng/ml caused an insigniﬁcant elevation of ROS synthesis
2 h after addition, most likely due to gradual oxidation of
the added fragments. Thus, both intact and oxidized DNA
stimulate a short increase in the level of ROS.
Increase in ROS production by cfDNAox fragments can
be connected with increased expression of NOX4.
3.4.2. cfDNAox Fragments, like LDIR, Induce an Increase in
NOX4 Expression. The main producer of ROS is the NADPH
oxidase family (NOX) that includes NOX 1–5, DUOX 1, and
DUOX2 [31]. NOX 1–5 are membrane-bound enzyme complexes whose activity is determined by NADPH binding and
transfer of an electron to molecular oxygen with formation of
a short-living O−2 • that is further transformed into oxygen
peroxide (H2O2) and a hydroxyl radical (•OH) [32]. The
NOX4 expression level is regulated by many factors and
changes in response to IR [33]. Since LDIR and cfDNAox
had the same eﬀect on ROS production, we expected that
they will have a very similar eﬀect on NOX4 expression.
And indeed, LDIR and cfDNAox and cfDNAoxR fragments induce a 2–2.5-fold increase in NOX4 gene expression
after 10–20 min exposure, which after 1 h, it returns to the

control level (Figure 3(a)). NOX4 enzyme expression
increases by 30% right after irradiation, and by 60% after
adding cfDNAox and cfDNAoxR fragments to the medium,
and 1 h after irradiation, the level of NOX4 expression is 2–
2.2-fold increased compared to control, and 3 h after irradiation, it returns to control levels (Figures 3(b) and 3(c)).
The increased level of ROS can induce damage to the cells
and cause oxidation of genomic DNA.
3.4.3. cfDNAox and Oxidized cfDNA Fragments Cause
Oxidation in Nuclear DNA. LDIR, as well as cfDNAox and
cfDNAoxR, causes an increase in ROS production that leads
to oxidation of nuclear DNA. An FITC-labeled antibody was
used to detect 8-oxodG. Control cells did not contain FITClabeled antibody; there were single cells in the population
that had labeled cytoplasm, possibly due to oxidized mitochondrial DNA. Three main types of cells are present after
irradiation: (1) with labeled nuclei, (2) with labeled cytoplasm, and (3) both nucleus and the cytoplasm are labeled.
Fifteen–20 min after irradiation with 10 cGy, the ﬂuorescent intensity of the cytoplasm and the amount of stained
nuclei increased (Figures 4(a) and 4(b)). Two h after irradiation, the staining returns to the control level. CfDNAox
and cfDNAoxR fragments have a similar eﬀect; 20 min
after treatment, the intensity increases compared to control
(Figures 4(a) and 4(b)).
Two subpopulations of cells were detected by ﬂow
cytometry; 3–5% of the total population showed high levels
of 8-oxodG (Figure 4(c), subpopulation R) and others with
low levels of 8-oxodG (Figure 4(c)), cells outside of R). In
control cells, the R fraction comprises 3 ± 2% of the total
population. The R fraction and its level of intensity increase
8–10-fold 20–30 min after irradiation or treatment with
cfDNAox and cfDNAoxR fragments (Figure 4(d) (1)) and
after 2 h the intensity returns to control (Figure 4(d) (1)).
The total amount of 8-oxodG ﬂuorescence 20–30 min
after irradiation or treatment with cfDNAox and cfDNAoxR
fragments increases 7-8-fold (Figure 4(d) (2)) and after 2 h
decreases but remains 1.5–2-fold higher than the control
(Figure 4(d) (2)). Unoxidized gDNA and cfDNA fragments
at 50 ng/ml did not induce oxidative modiﬁcation of nuclear
DNA during 2 h of incubation. Thus, LDIR stimulates ROS
production by activation of NOX4 and leads to oxidative
modiﬁcation of nuclear DNA.
Oxidative modiﬁcation of nuclear DNA can lead to DNA
breaks in cell nuclei.
3.4.4. Oxidized cfDNA Fragments, like LDIR, Cause DNA
Damage and Breaks in Nuclear DNA. Since oxidation of
DNA can cause single- and double-strand breaks [31], we
assessed DNA damage by comet assays and ﬂow cytometry
for γH2AX labeling. The comet assay allows detection of
both single- and double-strand breaks and is widely used to
determine the extent of DNA damage [34].
Comet assays were performed 5 min and 3 h after
exposure to LDIR (10 cGy) or to cfDNAox and cfDNAoxR
fragments. Four types of cells were present in control populations: (1) cells without DNA breaks, (2) cells with few
DNA breaks, (3) cells with fragmented DNA, and (4)
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Figure 2: (a) A plasmid containing a marker GFP-gene and containing (G)n repeats that are easy to oxidate penetrates into cells treated with
10 cGy of IR (ﬂuorescent microscopy, 40x). (b–e) Both low-dose radiation (10 cGy) and cfDNAox fragments induce a short-term increase in
ROS production. (a, b) Change of DCF ﬂuorescence in the presence of 10 μM of H2DCFH-DA. (c) (1) SSC versus FSC and FL1-DCF versus
SSC plots; (2) cumulative histogram of DCF intensity distribution measured by FACS; ∗ p < 0 001, nonparametric U test. (d) Ratio of I(DCF)
change rate in treated samples (v) to the control samples (vk) (ﬂow cytometry). The light-grey, dark-grey, and black bars correspond to 5, 10,
and 60 min time points, respectively. Data points were averaged and represented as mean ± SD for three biological replicates. ∗ p < 0 01,
nonparametric Mann–Whitney U test. (e) Increase in ROS level measured by ﬂuorescence microscopy 10 min after 10 cGy irradiation or
addition of cfDNAox fragments (50 ng/ml); 60 min after exposure ROS returns to control level.

apoptotic cells with very damaged DNA (Figure 5(a)).
Exposure to 10 cGy of radiation, as well as to cfDNAox
and cfDNAoxR, stimulated DNA breaks; after 5–20 min
of exposure, most cells were of 3 types (Figures 5(b), 5(c),
and 5(d)). After 3 h, the amount of cells with damaged
DNA was signiﬁcantly reduced in both cases (Figures 5(b),
5(c), and 5(d)).
DSBs were revealed by immunostaining with antibodies against the histone γH2AX phosphorylated on Ser139 that rapidly accumulates at DNA loci ﬂanking DSB
sites [35]. Cells were ﬁxed and stained with FITC-labeled
antibodies for γH2AX and FACS was used for quantitative
assessment of the phospho-γH2AX level (Figure 6(a)).
Two subpopulations of cells were present, one with a high
level of ﬂuorescence (R) and the main fraction with low
ﬂuorescence (Figure 6(a)). Control cells from the R
subpopulation comprise 3 ± 2% of the total cell count. The

amount of cells in R and their intensity of ﬂuorescence
increases 7-8-fold 15–30 min after LDIR or treatment with
cfDNAox and cfDNAoxR fragments (Figure 6(b)). Two h
after 10 cGy of radiation, the level of gamma-H2AX
ﬂuorescence of R decreased 2-fold, and after treatment with
cfDNAox and cfDNAoxR fragments, it decreased to control
levels (Figure 6(b) (1)). The total amount of γH2AX
after LDIR or treatment with cfDNAox and cfDNAoxR
fragments increases 3.4–3.8-fold, and after 2 h, it returns
to control (Figure 6(b) (2)).
FACS allows assessing the average amount of H2AX histone in cells, but these numbers do not always reﬂect the real
degree of DNA damage [36]. To ﬁnd the reason for the quantitative changes in the level of γH2AX in cells after LDIR or
after treating them with cfDNAox and cfDNAoxR, we analyzed ﬁxed cells stained with antibodies for γH2AX by ﬂuorescence microscopy (Figures 6(c) and 6(d)). Exposure to
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Figure 3: Both low-dose radiation (10 cGy) and cfDNAox and cfDNAoxR (50 ng/ml) fragments induce an increase in NOX4 expression.
(a) Changes in the levels of mRNAs encoding NOX4. NOX4 mRNA in treated cells compared to control (three biological replicates).
Reference gene was TBP. ∗ p < 0 001, nonparametric U test (qRT-PCR). (b) FL1-NOX4 versus SSC plots. Gate R encircles the fraction
of MSCs with elevated values of FL1-NOX4 (ﬂow cytometry). (c) Distribution of cells treated with 10 cGy radiation according to the
FL1-NOX4 signal strength (ﬂow cytometry). (d) NOX4 level after irradiation with 10 cGy and treatment with 50 ng/ml of cfDNAox
and cfDNAoxR and the dynamic change of average ﬂuorescence intensity of NOX4. ∗ p < 0 001, nonparametric U test (ﬂow cytometry).

LDIR or addition of cfDNAox and cfDNAoxR fragments to
the medium elevates the level of cells with multiple DNA
breaks 3–5-fold within 20 min (Figures 6(c) and 6(d)), but
after 2 h, this level decreases and only cells containing very
few breaks are present (Figure 6(d)). Unoxidized gDNA
and cfDNA fragments do not induce DNA breaks during
the ﬁrst 2 h of incubation.
Thus, the damage to the cell nuclei that is induced by
LDIR can be mediated by oxidized DNA fragments.
cfDNAox penetrates into cells increasing ROS production
and leading to oxidative stress and multiple DNA breaks
the amount of which decreases 2 h after irradiation or start
of incubation with oxidized cfDNA. We researched if the

DNA breaks are repaired or that cells with multiple DNA
breaks undergo cell death within these 2 h.
3.4.5. Oxidized cfDNA Fragments, like LDIR, Activate Repair
of Nuclear DNA. DNA damage induced by IR activates
signaling cascades that control DNA repair [37]. Doublestrand breaks (DSB) are one of the most dangerous forms
of DNA damage. BRCA1 is a nuclear protein that takes
part in the regulation of the cell cycle and DSB repair by
homologous recombination [38].
LDIR or treatment with cfDNAox and cfDNAoxR fragments leads to a 3.5–4.5-fold increment in the level of mRNA
transcripts from the BRCA1 and BRCA2 genes after 30 min
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Figure 4: Low-dose radiation and cfDNAox and cfDNAoxR fragments cause oxidation in nuclear DNA. (a, b) Cells stained with antibodies to
8-oxodG (secondary FITC-conjugated antibodies) and DAPI (ﬂuorescence microscopy, 40x (a), 100x (b)). (c, d) Flow cytometry detection of
8-oxodG: (c) (1) analysis of irradiated MSCs stained with antibodies to 8-oxodG FL1-8-oxodG versus SSC plots. Gate R encircles the fraction
of MSCs with elevated values of 8-oxodG (secondary FITC-conjugated antibodies); (c) (2) distribution of the cells with varying 8-oxodG
contents. (d) (1) Signal intensity of FL1-R; (d) (2) median signal intensity of FL1 (mean value for three independent experiments).
∗
p < 0 01 against control group of cells, nonparametric U test.
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Figure 5: Low-dose radiation and cfDNAox and cfDNAoxR fragments (50 ng/ml) cause DNA breaks in nuclear DNA of exposed MSCs.
(a) Diﬀerent types of nuclei with varying degree of DNA damage (100×). (b) Nuclei of irradiated (10 cGy) and exposed to cfDNAox
(50 ng/ml) MSCs, 5 min and 3 h after exposure; (c) cumulative histograms for tail moment of irradiated (10 cGy, 5 min and 3 h) and
exposed to cfDNAox (50 ng/ml, 5 min and 3 h) MSCs; (d) percentage of DNA within tails. The signiﬁcance of diﬀerences with the
control in the obtained distributions was analyzed by means of the Kolmogorov-Smirnov statistics. ∗ means that p < 0 05.

(Figures 7(d) and 7(e)), and after 2 h, this level remains 2–2.5fold higher than the control level (Figures 7(d) and 7(e)).
These results were conﬁrmed at the protein level. Figure 7(b)
is a histogram of BRCA2 protein expression where R is an area
of cells with high ﬂuorescence (Figures 7(a) and 7(b)). Thirty
min after irradiation or addition of cfDNAox and cfDNAoxR
fragments to the medium, the level of BRCA2 in R is increased
4-5-fold (Figure 7(b)). The total BRCA2 level increased
30 min after irradiation with 10 cGy and 2.5–3.5-fold after
the addition of cfDNAox and cfDNAoxR fragments
(Figure 7(b)) and remained increased 2–2.5-fold 2 h after.
Thus, there is a correlation between DSB formation and the
level of BRCA2 that reﬂects the eﬃcacy of DNA repair after
irradiation (Figure 7(c)). LDIR or oxidized DNA fragments
increase the amount of DSBs but, at the same time,

activate DNA repair which leads to the minimization of
the amount of breaks in the cell DNA. Unoxidized gDNA
and cfDNA fragments at 50 ng/ml did not aﬀect the level of
BRCA2 2 h after the start of incubation.
Thus, DNA breaks activate DNA reparation system
in the treated cells. As DNA reparation requires time,
we were expecting to see a short-term arrest of the cell
cycle after treating cells with LDIR or cfDNAox or
cfDNAoxR fragments.
3.4.6. cfDNAox and cfDNAoxR Fragments, like LDIR, Cause a
Short-Term Arrest of the Cell Cycle and Decrease Proliferation.
Oxidative stress and DNA damage lead to the arrest of the
cell cycle at all stages and block proliferation [39]. We analyzed the eﬀect of low-dose radiation and cfDNAox and
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Figure 6: Low-dose radiation and cfDNAox and cfDNAoxR fragments cause DNA breaks and γH2AX foci in nuclear DNA. (a) (1) Flow
cytometry detection of DSB in cells exposed to cfDNAox and cfDNAoxR fragments. Cells were processed for immunoﬂuorescence
staining with anti γH2AX antibody-DyLight488 (FL1). Gate R encircles the fraction of cells with elevated values of FL1-γH2AX.
(2) Distribution of γH2AX ﬂuorescence intensities with varying DSB levels. (b) Median signal intensity of FL1 (mean value for three
independent experiments). (c, d) DSB in irradiated cells (10 cGy, 15 min and 2 h after exposure) and cells exposed to cfDNAox and
cfDNAoxR (50 ng/ml, 15 min and 2 h, ﬂuorescence microscopy). Cells stained with anti γH2AX antibodies (c) and DAPI (d), ∗ p < 0 05.
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Figure 7: DNA damage induced by low-dose radiation and cfDNAox and cfDNAoxR fragments activates reparation of nuclear DNA.
(a) (1) Flow cytometry detection of BRCA2 in irradiated (10 cGy) and control cells stained with anti-BRCA2 antibodies and secondary FITCconjugated antibodies. Gate R encircles the fraction of MSCs with elevated values of FL1- BRCA2; (2) distribution of cells with varying
BRCA2 contents. (b) The signal intensity of FL1-R (1) and average signal intensity of FL1-BRCA2 (2) in irradiated cells (10 cGy, 15 min
and 2 h after exposure) and cells exposed to cfDNAox and cfDNAoxR (50 ng/ml, 15 min and 2 h) (ﬂow cytometry). (c) Linear correlation
between the levels of γH2AX and BRCA2 (k = 0 96; p < 0 0001). (d, e) Dependence of the changes in the levels of mRNA BRCA1 (d) and
BRCA2 (e) in irradiated cells and cells exposed to cfDNAox and cfDNAoxR (RT-PCR); mRNA level—average expression of genes in
treated cells compared to control (for three biological replicates). Reference gene, TBP. ∗ p < 0 001, nonparametric U test (qRT-PCR).
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cfDNAoxR fragments on the level of proliferation using antibodies to the proliferation markers Ki-67 and PCNA [40]
and ﬂow cytometry. All types of cells express Ki-67 and
PCNA during all stages of the cell cycle [40]. Cells were
stained with propidium iodide in order to assess the total
amount of DNA. LDIR or cfDNAox fragments decrease the
level of Ki-67 protein; 30 min after treatment, Ki-67 is
40–50% lower than that in the control, and 2 h after, it starts
increasing and almost reaches control level (Figure 8(b)).
PCNA is a transcription factor for polymerase Δ that is a
part of the DNA repair system. We observed a 40–60%
increase of the level of PCNA 30 min after irradiation or treatment of cells with oxidized cfDNA (Figure 8(c)), indicating
that repair processes are active and proliferation is decreased.
As a decrease of proliferation usually occurs when the cell
cycle is arrested [40], we assessed the stage at which the cycle
stops after irradiation and treatment with oxidized DNA.
Ten cGy of radiation or addition of cfDNAox and
cfDNAoxR fragments to the medium increases the number
of cells in G1 and G0/G1 30 min after exposure, and thus,
these factors arrest the cell cycle in G1 (Figure 8(a) (2)).
Three h after irradiation or start of incubation with oxidized
DNA, the cell cycle returns to normal.
Exposure to LDIR or addition of cfDNAox and
cfDNAoxR fragments causes a 1.5–2-fold decrease in the level
of expression of CCND1 and a 1.5–2-fold increase in expression of CDKN2 and CDKN1A 30 min after the exposure, indicating that the cell-cycle undergoes a short-term arrest.
However, 3 h after the exposure, the level of expression of
CCND1 increases 20–25% compared to control and CDKN2
and CDKN1A decrease to control level. Thus, the cell cycle is
shortly arrested at the G1-phase and the cells have time for
repair of the damage and then they can progress further
through the cycle.
Thus, DNA damage leads to a short-term arrest of the cell
cycle and activation of DNA reparation. As a result, the level
of proliferation, as well as the amount of cells in the population, increases in 2-3 h after treatment. The increased
amounts of cells in the population can be a result of low level
of apoptosis.
3.4.7. LDIR Causes a Strong Antiapoptotic Response. The
amount of apoptotic cells after irradiation or treatment with
cfDNAox and cfDNAoxR fragments was assessed using a
marker of apoptosis, annexin V, and FACS (Figure 1). After
15 min, cells exhibit signs of apoptosis, and the fraction of
apoptotic cells increases ≈2-fold and the apoptosis level
30–40% (Figure 1(b)). Despite that, 2 h after irradiation,
the level of apoptosis decreases compared to control
(Figure 1(b)). These results were conﬁrmed using an
automated cell counter after propidium iodide and annexin
V FITC staining; the amount of apoptotic cells increases 3fold 10 min after irradiation, but decreases 3-fold compared
to control 3 h after irradiation.
Bcl2 is a family of proteins that are crucial for cell survival
and apoptosis regulation. It includes three groups of interacting and functionally diﬀerent proteins [41]. Bcl-2 and its 4
relative proteins (BCL-XL, Bcl-W, A1, and Mcl-1) are antiapoptotic, whereas Bax, Bak, Box and Bik, Bad, Bim, Puma,
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Bid, Noxa, Hrk, Bmf are proapoptotic. Other important factors that decide the cell fate are apoptotic protein inhibitors
like BIRC2 and BIRC3 that inhibit the activity of caspase-3,
caspase-7, and caspase-9 [42].
Antiapoptotic processes are activated 20 min after irradiation or the addition of cfDNAox and cfDNAoxR fragments
to the medium, and the levels of antiapoptotic genes BCL2,
BCL2A1 (Bﬂ-1/A1), BCL2L1 (BCL-X), BIRC2 (c-IAP1), and
BIRC3 (c-IAP2) increase 1.5–2.5-fold (Table 3). The level of
proapoptotic BAX is increased 20 min after irradiation or
treatment with cfDNAox and cfDNAoxR fragments, in
agreement with the increased apoptosis level 15 min after
exposure. Bcl2 family genes have increased expression 2–
72 h after irradiation or treatment with cfDNAox and
cfDNAoxR fragments. Unoxidized gDNA and cfDNA fragments at 50 ng/ml increased the expression level of the antiapoptotic genes BCL2, BCL2A1 (Bﬂ-1/A1), BCL2L1 (BCLX), BIRC2 (c-IAP1), and BIRC3 (c-IAP2) only 20–30% 3 h
after the start of incubation. As these fragments caused an
extended ROS production and the activation of antiapoptotic
genes after only 3 h, the eﬀect is most likely connected to
these fragments being gradually oxidized. Flow cytometry
and ﬂuorescence microscopy show that Bcl2 protein expression is increased 30 min after irradiation or addition of
cfDNAox and cfDNAoxR fragments, and it remains
increased 2–72 h after exposure (Figure 1(b)). Thus, the antiapoptotic response to LDIR or addition of oxidized DNA
fragments is strong.
3.4.8. cfDNAox Fragments, like LDIR, Activate the Antioxidant
Response. Oxidative stress caused by an increase of ROS
production can activate an antioxidant response in which
one of the main regulators is transcription factor NRF2
[43]. One h after LDIR, the level of NRF2 gene expression
increases 5.5-fold. CfDNAox and cfDNAoxR fragments
increase the expression of the NRF2 gene 3-4-fold 1 h
after the addition to the medium (Figure 9(a)). Two h
after irradiation or cfDNAox and cfDNAoxR fragments,
NRF2 expression is 7-8-fold increased compared to control, and after 3 h, it goes down but still remains 3–5fold higher than in control cells (Figure 9(a)). The level of
protein NRF2 is increased 2-fold after irradiation or addition
of cfDNAox and cfDNAoxR fragments (Figure 9(b)),
but 24 h after the initial exposure, it returns to control
levels (Figure 9(b)).
The key event of antioxidant response development is
the translocation of NRF2 to the nucleus. To analyze the
eﬀect of oxidized DNA fragments on the location of
NRF2, antibodies against NRF2 and ﬂuorescence microscopy were used (Figure 9(c)). When cells are irradiated
or treated with cfDNAox and cfDNAoxR fragments,
NRF2 expression increases both in the cytoplasm and in
the nucleus 1 h after the exposure (Figure 9(c)). Three h
after irradiation, NRF2 expression decreases yet the factor
remains in the nucleus and can activate antioxidant genes
(Figure 9(c)). Unoxidized gDNA and cfDNA fragments
(50 ng/ml) did not aﬀect NRF2 expression within 2 h after
the start of incubation. Thus, both LDIR and cfDNAox
induce a strong antioxidant response.
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Figure 8: Low-dose radiation and cfDNAox fragments cause a short-term arrest of cell cycle and decreases proliferation. (a) (1) Proportions
of cells that contain the amount of DNA characteristic for G1, S, and G2/M phases of the cell-cycle (ﬂow cytometry). (a) (2) Proportions for
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Table 3: Dependence of the changes in the levels of antiapoptotic genes BCL2, BCL2A1 (Bﬂ-1/A1), BCL2L1 (BCL-X), BIRC2 (c-IAP1), and
BIRC3 (c-IAP2) and proapoptotic BAX expression in irradiated and exposed to cfDNAox, cfDNAoxR, and gDNA in MSCs on the time
after exposure (RT-PCR). mRNA level—average expression of genes in treated MSCs compared to control (for three biological replicates).
Reference gene—TBP. ∗ p < 0 001, nonparametric U test (qRT-PCR).
Gene
Treatment

BCL2

BCL2A1 (Bﬂ-1/A1)

BCL2L1 (BCL-X)

BIRC2 (c-IAP1)

BIRC3 (c-IAP2)

BAX

Time
30 min
2h
24 h
48 h
30 min
2h
24 h
48 h
30 min
2h
24 h
48 h
30 min
2h
24 h
48 h
30 min
2h
24 h
48 h
30 min
2h
24 h

10 cGy
2.6 ± 0.3∗
4.1 ± 0.4∗
3.9 ± 0.3∗
2.8 ± 0.3∗
1.6 ± 0.2∗
2.1 ± 0.2∗
2.1 ± 0.3∗
1.8 ± 0.3∗
1.4 ± 0.2
1.9 ± 0.3∗
2.3 ± 0.2∗
2.8 ± 0.3∗
2.4 ± 0.2∗
2.6 ± 0.2∗
2.6 ± 0.3∗
2.4 ± 0.2∗
2.2 ± 0.1∗
2.5 ± 0.2
2.5 ± 0.2
2.0 ± 0.3
1.6 ± 0.2∗
0.8 ± 0.2
0.8 ± 0.2

Changes in the expression levels, arb.un.
cfDNAox
cfDNAoxR
2.3 ± 0.2∗
2.4 ± 0.2∗
3.1 ± 0.2∗
3.3 ± 0.3∗
∗
2.9 ± 0.2
2.9 ± 0.3∗
∗
3.1 ± 0.3
2.6 ± 0.2∗
∗
2.4 ± 0.2
2.5 ± 0.3∗
2.2 ± 0.1∗
2.4 ± 0.2∗
∗
2.8 ± 0.3
2.3 ± 0.2∗
∗
1.6 ± 0.2
2.2 ± 0.2∗
∗
1.6 ± 0.1
1.6 ± 0.1∗
1.5 ± 0.2∗
1.7 ± 0.2∗
∗
2.7 ± 0.3
2.4 ± 0.2∗
∗
2.4 ± 0.3
1.9 ± 0.2∗
1.4 ± 0.2
1.8 ± 0.2∗
2.1 ± 0.2∗
2.3 ± 0.3∗
∗
2.7 ± 0.3
2.6 ± 0.2∗
∗
2.4 ± 0.3
2.5 ± 0.2∗
1.2 ± 0.2
1.2 ± 0.2
∗
1.8 ± 0.2∗
1.9 ± 0.2
∗
2.6 ± 0.3
2.5 ± 0.3∗
∗
2.5 ± 0.4
2.5 ± 0.4∗
∗
1.5 ± 0.2
1.4 ± 0.2
0.8 ± 0.2
0.9 ± 0.2
0.9 ± 0.2
1.1 ± 0.2

3.5. Oxidized cfDNA Fragments, as well as LDIR, Cause an
Adaptive Response. We assessed the eﬀect of oxidized cfDNA
and LDIR on the survival of human adipose-derived mesenchymal stem cells (haMSCs) that were subsequently exposed
to irradiation at 2 Gy. haMSCs were grown for 3 h in presence
of cfDNAox and cfDNAoxR and then irradiated with
2 Gy. In a diﬀerent experiment, we ﬁrst irradiated cells
with 10 cGy, cultivated them for 3 h, and then irradiated
again with a dose of 2 Gy and grew them in fresh media
for 48 h more. MTT tests demonstrated a statistically
signiﬁcant decrease in the cell death induced by 2 Gy of
irradiation in cells that were pretreated with oxidized
cfDNA or preirradiated with 10 cGy (p < 0 01; Mann–
Whitney test, Figure 10(a)). Moreover, both preconditioning
with cfDNAox at 50 ng/ml and preirradiation with 10 cGy 3 h
before irradiation with a dose of 2 Gy decrease the proportion
of cells containing gamma-H2AX foci (Figure 10(b)).

4. Discussion
The predominant hypothesis concerning the origin of
cfDNA is that its main source is dead cells [44], but another
hypothesis suggests that cfDNA could be actively excreted by
living cells [45]. The main reasons for enrichment of the

gDNA
1.1 ± 0.2
1.0 ± 0.2
1.3 ± 0.3
1.8 ± 0.3∗
1.0 ± 0.2
1.1 ± 0.2
1.3 ± 0.2
1.7 ± 0.3∗
1.1 ± 0.2
1.2 ± 0.3
1.1 ± 0.3
1.6 ± 0.2
1.0 ± 0.3
1.0 ± 0.2
1.6 ± 0.3∗
2.5 ± 0.3∗
1.0 ± 0.2
1.2 ± 0.3
1.6 ± 0.3
2.0 ± 0.4∗
1.0 ± 0.2
1.1 ± 0.3
0.9 ± 0.2

cfDNA pool with oxidized DNA fragments are the death of
cells with a high level of DNA oxidation and the GC enrichment of cfDNA compared to total nuclear DNA [13]. The
proportion of mitochondrial DNA in cfDNA increases under
conditions of oxidative stress [46–48], and this process is
relevant as mitochondrial DNA, on average, contains larger
amounts of 8-oxodG compared to genomic DNA and thus
contributes to the pool of oxidized cfDNA [49].
Increased levels of 8-oxodG in cfDNA can be a sign of
oxidative stress, in our case, as a consequence of LDIR. It
should be noted that GC-rich fragments within genomic
DNA tend to accumulate oxidative damage as well. We have
previously demonstrated that chronic exposure to gammaneutron or tritium β-radiation evokes an increase in the content of GC-rich sequences (69% GC) in the transcribed
region of human ribosomal repeat (rDNA) in cfDNA from
166 individuals [50]. The reason for this phenomenon is
the increased stability of GC repeats to hydrolysis [51]. The
transcribed area of rDNA is one of the examples of preferentially oxidized DNA [52]. Thus, in addition to enrichment of
cfDNA pools with oxidized DNA of dying cells, the content
of 8-oxodG in cfDNA may depend on the somewhat
slowed-down degradation in human serum of GC-rich fragments as compared to AT-rich fragments [53].
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Figure 9: Low-dose radiation and cfDNAox and cfDNAoxR fragments activate antioxidant response. (a) Dependence of changes in the levels
of NRF2 mRNA in irradiated cells and cells exposed to cfDNAox and cfDNAoxR on the time after exposure (RT-PCR); mRNA
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nonparametric U test (qRT-PCR). (b) Average median signal intensities in cells stained with anti-NRF2-FITC antibodies after various
exposures (3 h and 24 h after exposure, ﬂow cytometry). (c) Fluorescence microscopy of irradiated cells and cells exposed to cfDNAox
stained with anti-NRF2-FITC antibodies and DAPI.

18

Oxidative Medicine and Cellular Longevity

14
⁎

12
20

1000

⁎

10

FL1 (훾H2AX)

100

(1 −

Ai(2 Gy)
), %
Ai(0)

FL1-H2AX, arb.un.

R

15

10

Control

cfDNAox

8
6
4

1

5

0

10

0.1

2

0.1

1

10
100
FL2 (DNA content)

(a)

1000

0

Control

Control

cfDNAox
2 Gy

(b)

Figure 10: The eﬀect of cfDNAox on the survival of cells and formation of γH2AX foci after exposure to radiation (2 Gy). haMSCs were
grown for 3 h in presence of cfDNAox and then irradiated with 2 Gy and grown in fresh media for 48 h more before GG assay. Ai (0), Ai
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The cellular response to irradiation depends on a wide
variety of factors, but the most important of these is a substantial increase in the level of ROS within a time frame of
several seconds to 2–5 min [13]. ROS induces damage to
cellular DNA, including the rupture of deoxyribose rings,
the appearance of apurinic and apyrimidinic sites, singleand double-strand breaks, DNA protein crosslinks, and
formation of oxidized bases [13].
Ionizing low-LET irradiation increases the rate of
apoptosis in various cell types within min after irradiation.
Dying cells release fragments of chromatin, contributing to
the pool of cfDNA and increasing its concentration in the
medium. cfDNA from irradiated cells contains signiﬁcantly
larger amounts of the oxidation marker 8-oxodG than
cfDNA of control (nonirradiated) cells or cellular DNA of
irradiated cells [54]. Here, cfDNA collected from the medium
of LDIR (10 cGy)-irradiated cells and DNA oxidized in vitro
aﬀects control nonirradiated cells in the same way, indicating
that cfDNA released from dying irradiated cells can serve as a
stress signal and be a factor in stress signaling of radiationinduced bystander eﬀects and of radioadaptive responses. It
is of importance that the cfDNA of nonirradiated cells and
unoxidized genomic DNA are not stress signals, as neither
of them induces ROS synthesis in control cells.
A variety of studies concern RIBE and RAR based on
various parameters of target and bystander cells [10, 54],
and we have previously studied the bystander eﬀect in diverse
cell types [12, 20, 54]. One marker for irradiation-induced

chromatin rearrangement is the position of pericentromeric
loci of chromosome 1 (1q12) [20]. Exposure to cfDNA
extracted from the culture media of irradiated MSCs leads
to similar structural rearrangements of chromatin [55]. All
these eﬀects were primarily dependent on an increase in the
production of ROS in cells because when a scavenger of
ROS, α-tocopherol, was added to the medium, they were
blocked [56]. We have shown that the addition of cfDNA
from the medium of irradiated cells to the medium of
endotheliocytes leads to a decrease in the number of cells
with DNA breaks [57], an eﬀect similar to that observed
when cells were irradiated in low doses. The incubation
medium of irradiated cells induces the initial stages of
the apoptotic cascade in bystander cells that is accompanied by an increase in the content of ROS within a 6 h
time frame [58]. These examples indicate that the patterns
of the eﬀects caused by LDIR can be transmitted via the
culture medium (or via the extracellular space in the
organism) and cfDNA is the most likely molecule to be
the stress signal in RIBE. Further evidence for this hypothesis is the fact that cfDNA from the medium of control
nonirradiated cells does not produce any of the eﬀects
described above, and no adaptive response is observed.
Moreover, if the cfDNA from irradiated cells is treated
with DNAse I, it loses its ability to cause an adaptive
response [27, 28].
The goal of this work was to compare the action of model
oxidized DNA fragments (cfDNAox) and cfDNA from the
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Figure 11: Proposed mechanisms for the development of radioadaptive responses and bystander eﬀect. Irradiation induces primary oxidative
stress and oxidation of genomic DNA → apoptosis of some irradiated cells → release of oxidized cfDNAoxR → reactive oxygen species (ROS)
production → ROS induces oxidative modiﬁcations of nuclear DNA, rapidly repaired DNA breaks, short-term arrest of the cell cycle →
activation of DNA reparation systems and antioxidant response → inhibition of apoptosis. Thus, we conclude that cfDNAox that appears
after irradiation is a signaling molecule in the stress signaling that mediates radiation-induced bystander eﬀects.

medium of irradiated cells (cfDNAoxR) with those of LDIR
(10 cGy) on human adipose-derived MSCs, and we obtained
hard evidence that their reaction to LDIR can be mediated by
oxidized GC-rich cfDNA fragments. Firstly, the responses of
cells to these fragments are identical to those to 10 cGy of
radiation. Thus, cfDNA fragments are stress signaling molecules that regulate RAR to LDIR. We demonstrated that
the radiation leads to the increase of oxidized cfDNA in
the culture medium. We used a genetic construction containing an easy-to-oxidize (G)n repeat to show that the
oxidized cfDNA can rapidly penetrate into the cytoplasm
and induce a short-term increase in ROS production, a
process implemented by the NOX4 oxidase. This, on the
one hand, leads to a short-term oxidative modiﬁcation of
nuclear DNA, but, on the other hand, activates antioxidant
systems. An increased level of ROS leads to DNA damage
and DSBs, but, at the same time, activates DNA repair and
minimizes damage. Moreover, 10 cGy of radiation evoke a
strong antiapoptotic response.
Taken together, these data indicate that the cascade of
events in cfDNAox signaling may be the following: irradiation → primary oxidative stress → oxidation of genomic
DNA → apoptosis of some irradiated cells → release of oxidized cfDNAoxR → ROS production → ROS induces oxidative modiﬁcations of nuclear DNA, rapidly repaired DNA

breaks, and short-term arrest of the cell cycle → activation
of DNA repair systems and antioxidant response → inhibition of apoptosis → radioadaptive responses (RAR)
(Figure 11). We believe that oxidized DNA is one of the components of damage-associated molecular pattern molecules.
The supposed mechanism of penetration of our plasmids
into cells includes the oxidation of dG (in dG repeats) on
the cell surfaces. Oxidized DNA fragments penetrate into
cells, as shown previously [59]. When the oxidation is
moderate, the unchanged promotor allows the inserted
GFP gene to be transcribed. In order to optimize the amount
of plasmids in the cytoplasm, we conducted an experiment in
conditions with a slightly elevated level of ROS on cell surfaces and in the medium by addition of H2O2. In these conditions, the ﬂuorescence intensity of the cytoplasm was
elevated more than without H2O2. Thus, the level of GFP
ﬂuorescence increases when the cells are under a moderate
oxidative stress caused by either radiation or H2O2. This indicates that cfDNA needs to be oxidized in order to penetrate
into the cells.
The secondary oxidative stress that is evoked in
bystander cells occurs after interaction of cfDNAox with its
receptors on the cell surface or inside, possibly transmembrane proteins of the toll-like receptor family, namely TLR9
[60], whose ligation may lead to the elevation of ROS
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[60, 61]. Binding of CpG-DNA to TLR9 increases the ROS
level in human monocytes, [62] and in neutrophils, it leads
to the production of peroxynitrite [61]. In addition, oxidized
DNA seems to be a stronger TLR9-stimulating ligand than
nonoxidized DNA [18]. As we showed previously, GC-rich
cfDNA fragments can activate TLR9 [63]. In this cascade,
the formation of the “DNA-TLR9” complex initiates the
cellular signaling pathway that leads to an activation of
NF-κB [63], which in many diﬀerent ways augments the
biosynthesis of ROS. However, when the TLR9 pathway
was blocked in irradiated lymphocytes, there were no substantial changes in the localization of 1q12 loci or in the
level of ROS [64], indicating that in addition to oxidized
DNA-stimulated TLR9 receptors, cells possess other sensors whose activation leads to the changes in ROS and
that RIBE may be regulated through more than one
molecular pathway. Evidence pointing at the existence of
toll-like receptor-independent stress signal transfer pathways was demonstrated by other authors, including cytoplasmic DNA-dependent STING, AIM2, RIG-1, and DAI
sensor pathways [65]. Apart from that, cells may possess
a variety of molecules that sense the damage in cfDNA
and may respond diﬀerentially to oxidized DNA bases.
The reception of cfDNAox produced by irradiated cells
warrants further investigations.
ROS level increases drastically during the ﬁrst minutes
after the addition of cfDNAox or cfDNAoxR to the medium,
but decreases 30 min after the addition. We propose that activation of ROS production is connected to a changed expression of ROS-coding enzyme/enzymes such as the NOX
family enzymes of NADPH oxidases [24]. One-2 h after
treatment, cells have a moderately elevated level of ROS if
the DNA is not oxidized. The reaction of MSCs to oxidized
DNA is more rapid compared that of diﬀerentiated cells
[55]. Oxidative stress is the key stage that initiates the
cfDNAox signaling pathway which, on the one hand, triggers
DNA oxidation and damage in the cells but on the other
hand allows the development of the adaptive response (activation of DNA repair, activation of antioxidant transcription
factor NRF2, and apoptosis inhibition) (Figure 11). Our evidence suggests that cfDNAoxR that appears after irradiation
is responsible for the stress signaling that mediates radiationinduced bystander eﬀects (RIBE) and moreover is an important component of the development of radioadaptive
responses (RAR) to low doses of IR. Since they are a pool
of reserve cells for critical situations and a tool for tissue
regeneration with a relatively high proliferative potential
[66], changes in cfDNA properties can be crucial for MSCs
because DNA breaks can lead to chromosomal aberrations
and insertions of DNA into the breakpoints.
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Hypoxia is involved in the regulation of stem cell fate, and hypoxia-inducible factor 1 (HIF-1) is the master regulator of hypoxic
response. Here, we focus on the eﬀect of hypoxia on intracellular signaling pathways responsible for mouse embryonic stem
(ES) cell maintenance. We employed wild-type and HIF-1α-deﬁcient ES cells to investigate hypoxic response in the ERK, Akt,
and STAT3 pathways. Cultivation in 1% O2 for 24 h resulted in the strong dephosphorylation of ERK and its upstream kinases
and to a lesser extent of Akt in an HIF-1-independent manner, while STAT3 phosphorylation remained unaﬀected.
Downregulation of ERK could not be mimicked either by pharmacologically induced hypoxia or by the overexpression.
Dual-speciﬁcity phosphatases (DUSP) 1, 5, and 6 are hypoxia-sensitive MAPK-speciﬁc phosphatases involved in ERK
downregulation, and protein phosphatase 2A (PP2A) regulates both ERK and Akt. However, combining multiple approaches,
we revealed the limited signiﬁcance of DUSPs and PP2A in the hypoxia-mediated attenuation of ERK signaling. Interestingly,
we observed a decreased reactive oxygen species (ROS) level in hypoxia and a similar phosphorylation pattern for ERK when
the cells were supplemented with glutathione. Therefore, we suggest a potential role for the ROS-dependent attenuation of ERK
signaling in hypoxia, without the involvement of HIF-1.

1. Introduction
Embryonic development in its early stages takes place in a
hypoxic microenvironment, and oxygen (O2) has a significant impact on cellular diﬀerentiation or cell fate decisions [1]. ES are derived from preimplantation blastocyst,
and hypoxia is thus suggested to modify cellular diﬀerentiation and regulate pluripotency. However, the outcome
of stem cell cultivation in reduced O2 tension remains
highly controversial [2–5].
Cellular response to hypoxia is primarily orchestrated by
hypoxia-inducible factor (HIF). HIF is a heterodimeric
protein belonging to a family of environmental sensors
known as a bHLH-PAS (basic-helix-loop-helix-Per-Arnt-

Sim) transcription factors. HIF consists of a constitutively
expressed HIF-β subunit and O2-regulated HIF-α subunit
[6]. Three α isoforms termed HIF-1α, HIF-2α, and HIF-3α
are currently described [7]. When O2 is not a limiting factor,
the HIF-α subunit is rapidly hydroxylated by the family of proline hydroxylases (PHD) and targeted for subsequent proteasomal degradation [8–10]. Hypoxia inactivates PHD leading
to the accumulation of the α subunit. After dimerization with
the β subunit in the nucleus, HIF binds to a conserved DNA
sequence known as the hypoxia-responsive element (HRE)
to transactivate a myriad of hypoxia-responsive genes.
HIF-1 heterodimer consisting of HIF-1α and HIF-β is
the most important for cell adaptation to hypoxia [11].
Notably, O2-dependent hydroxylation is implicated also

2
in the modiﬁcation of other (non-HIF) targets, and O2 is
also a substrate for other various enzymes such as
NADPH oxidases and monooxygenases [12]. Further,
sensing and cellular response to low O2 levels are also
associated with the modulation of reactive oxygen species
formation (ROS) and alterations in the metabolism of
mitochondria, including ATP production [13]. A particular cellular response to reduced O2 levels is thus complex
and might be mediated in both HIF-dependent and -independent fashion.
The self-renewal and diﬀerentiation of murine ES cells is
regulated by several signaling pathways.Among others, thesignal transducer and activator of transcription 3 (STAT3) and
phosphatidylinositol-4,5-bisphosphate-3-kinase/Akt (PI3K/
Akt) signaling maintain ES cells in an undiﬀerentiated pluripotent state [14, 15]. Conversely, mitogen-activated protein
kinase/extracellular signal-regulated kinase (MAPK/ERK)
signaling promotes the diﬀerentiation of ES cells [16].
Here, we focus on changes elicited in the activity of the
mentioned signaling pathways in wild-type and HIF-1α
deﬁcient ES cells upon 24 h cultivation in 1% O2. The
activity of these signaling pathways is regulated through
phosphorylation and by an opposing process of dephosphorylation mediated by phosphatases. DUSPs are the
MAPK-speciﬁc phosphatases that impede the activity of
ERK and also stress-activated kinases. DUSP1, DUSP5,
and DUSP6 are suggested as hypoxia-sensitive and responsible for ERK downregulation [17, 18]. Further, serine/
threonine PP2A regulates both the MAPK/ERK and Akt
pathways, and its modulation by hypoxia is proposed in
various models [19, 20].
Our study demonstrates the sensitivity of ES cells to
chronic hypoxia in the context of the dephosphorylation of
ERK and Akt with the possible involvement of ROSdependent mechanisms. In agreement with other studies
[21–23], we suggest that cultivation in 1% O2 is in our system
also associated with the decline of markers associated with
the undiﬀerentiated status of ES cells, despite the impairment
of prodiﬀerentiation ERK signaling.

2. Materials and Methods
2.1. Cell Culture and Treatment. Feeder-free R1-adapted
mouse ES cells (wild-type HIF-1α +/+) and HIF-1α −/− (a generous gift from Professor Carmeliet, Katholieke Universiteit
Leuven, Belgium) [24] were propagated as described
previously [25] in an undiﬀerentiated state by cell culturing
on tissue culture plastic coated with gelatin (0.1% porcine
gelatin solution in water) in Dulbecco’s modiﬁed Eagle’s
medium (DMEM) containing 15% fetal bovine serum (FBS),
100 IU/ml penicillin, 0.1 mg/ml streptomycin, and 1× nonessential amino acid (all from Gibco-Invitrogen, UK) and
0.05 mM β-mercaptoethanol (β-ME; Sigma-Aldrich, USA),
supplemented with 1000 U/ml of leukemia inhibitory factor
(LIF, Chemicon, USA), referred to here as the complete
medium. Cells were seeded and after 24 h were cultivated in
normoxia or hypoxia for 24 h, unless speciﬁed otherwise.
Normoxia was deﬁned as 95% ambient air and 5% CO2, hypoxia as 1% O2, 94% N2, and 5% CO2.

Oxidative Medicine and Cellular Longevity
Cobalt (II) chloride (CoCl2), desferoxamine (DFO),
dimethyloxalylglycine (DMOG), okadaic acid (OA), and
glutathione (GSH) were provided by Sigma-Aldrich, USA.
JNJ-42041935 (JNJ) was generously provided by Terry
Barrett, Ph.D. (Johnson & Johnson Pharmaceutical Research
& Development).
2.2. Cell Transfection and Luciferase Reporter Assay. Cell
transfection and luciferase reporter assay were performed as
described elsewhere [22]. Brieﬂy, for the luciferase reporter
assay, cells were transfected using polyethyleneimine (PEI)
in a stoichiometric ratio of 4 μl per 1 μg of DNA 24 h after
seeding.
0.5 μg of pT81/HRE-luc construct containing three tandem copies of the erythropoietin HRE in front of the herpes
simplex thymidine kinase promoter and the luciferase gene,
expression vectors for murine HIF-1α and HIF-2α under
cytomegalovirus promoter, and GFP [26] (all generously
provided by Professor L. Poellinger, Karolinska Institutet,
Sweden), APRE-luciferase gene reporter plasmid (STAT3responsive acute-phase response element, luciferase reporter;
APRE-luc [27]; kindly provided by Professor A. Miyajima,
Institute of Molecular and Cellular Biosciences, University
of Tokyo, Japan) and Renilla luciferase construct (Promega,
USA) were used per one well in a 24-well plate. The cell culture medium was changed 6 h after transfection. For experiments involving APRE-luc, the medium was exchanged for
fresh complete medium or medium without LIF. DualLuciferase Assay Kit (Promega, USA) was used for the
evaluation of luciferase activity according to the manufacturer’s instructions. Relative luciferase units were measured
using a ChameleonTM V plate luminometer (Hidex,
Finland) and normalized to the Renilla luciferase expression.
2.3. Small Interfering RNA (siRNA) Transfection. Cells were
transfected by commercially available siRNA against DUSP1
(sc-35938), DUSP5 (sc-60555), DUSP6 (sc-39001) transcripts (each consisting of a pool of 3 target-speciﬁc 19-25
nt siRNAs designed to knock down gene expression), or
related nonsilencing control (all Santa Cruz Biotechnology,
USA) using Lipofectamine RNAiMAX Reagents (Thermo
Fisher Scientiﬁc Inc., USA) according to the manufacturer’s
instructions. Cells were harvested at the indicated time, and
the expression of particular DUSP transcripts was assessed
by qRT-PCR, or the expressions of selected proteins and
posttranslational modiﬁcation were analyzed by western blot.
2.4. Quantitative Real-Time RT-PCR (qRT-PCR) Analysis.
Total RNA was extracted using the UltraClean Tissue & Cells
RNA Isolation Kit (MO BIO Laboratories, USA). Complementary DNA was synthesized according to the manufacturer’s instructions for M-MLV reverse transcriptase
(Sigma-Aldrich); 0.5 μg of total RNA was used for cDNA
synthesis. qRT-PCR was performed in a Roche Light-Cycler
480 instrument using LightCycler SYBRE Green Master
Mix (Roche, Germany) according to the manufacturer’s
instructions. The primers, appropriate annealing temperatures, and PCR product lengths for the determined
transcripts are listed in Table 1. The gene expression of each
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Table 1: Primers, appropriate annealing temperatures, and PCR product lengths.
Transcript
DUSP1
DUSP5
DUSP6
FGF5
GDF15
NANOG
OCT4
PGK1
PP2A
TBP
TNAP
VEGF
ZFP42
β-actin

Forward 5′→3′
tctcagccaattgtgctaac
cgcctacagaccagcctatg
acctggaaggtggcttcagt
accggtgaaaccaaaggtg
ccgagaggactcgaactcag
aagcagaagatgcggactgt
cgttctctttggaaaggtgttc
ggtgttgccaaaatgtcgcttt
gtggatgggcagatcttctgt
gcacaggagccaagagtgaag
aggcaggattgaccacgg
agaaggagagcagaagtccc
gcacacagaagaaagcagga
gatcaagatcattgctcctcct

Reverse 5′→3′
tgatggagtctatgaagtcaa
ccttcttccctgacacagtcaat
tccgttgcactattggggtc
gcgaaacttcagtctgtacttcact
ggttgacgcggagtagcag
gtgctgagcccttctgaatc
gaaccatactcgaaccacatcc
cagccttgatcctttggttgtt
gcagcttggttaccacaacg
acacgtggatagggaaggca
tgtagttctgctcatgga
gatccgcatgatctgcatgg
cactgatccgcaaacacct
taaaacgcagctcagtaacag

sample was expressed in terms of the threshold cycle normalized to the mean of β-actin and TATA-box binding protein
(TBP) expression.
2.5. Western Blot Analysis. Western blot analysis and cell
sample harvesting and preparation were performed by a
standard procedure as presented previously [28]. We used primary antibodies against HIF-1α (GeneTex, USA), HIF-2α,
Nanog (Novus Biologicals, USA), β-actin, Oct4 (Santa Cruz),
p-Akt (S473), Akt, p-STAT3 (Y705), STAT3, p-ERK (T202/
Y204), ERK, p-glycogen synthase kinase 3 (S9) (p-GSK3β),
RAF1, p-RAF1 (S259), p-RAF1 (S338), early growth response
protein 1 (EGR1), DUSP6, p-MAP/ERK (S217/221) (p-MEK),
and MEK (all Cell Signaling Technology, USA). Following
immunodetection, each membrane was stained by Amido
black to conﬁrm the transfer of the protein samples. The total
level of β-actin was detected as loading control. Typical
representative western blots from at least three independent
experiments are shown. Densitometry analysis was performed
using ImageJ software (NIH, USA) and relative protein
expression was calculated after normalization to the total
protein of interest or β-actin. Data are presented as the
mean + SEM.
2.6. High-Performance Liquid Chromatography (HPLC)
Analysis of ROS Production. The HPLC detection of O−2
was based on the detection of a speciﬁc product, 2hydroxyethidium 2-OH-E(+), which is formed in the reaction of O−2 with HE as described previously [25, 29, 30].
Besides speciﬁc 2-OH-E(+), also a nonspeciﬁc product of
hydride acceptors in reaction with HE, ethidium (E(+)),
was detected. Brieﬂy, the cells were seeded onto 60 mm tissue
culture dishes 24 h before treatment. The cells were exposed
to hypoxia for 24 h or treated with 10 mM GSH for 60
minutes. Thirty minutes before the end of the experiment,
HE (Sigma-Aldrich, USA) in a ﬁnal concentration of 10 μM
was added to the cells. The cells were washed two times with
ice-cold PBS. To extract the HE products, ice-cold methanol

Annealing (°C)
56
61
62
57
60
59
59
58
60
60
59
62
57
59

Product (bp)
126
264
187
76
104
232
319
139
347
397
440
235
94
177

was added to the cells for 15 minutes at 4°C in the dark and
shaken. The supernatant was transferred to an Eppendorf
tube and centrifuged. A 75 μl sample was injected into the
HPLC system (Agilent series 1100) equipped with ﬂuorescence and UV detectors (Agilent series 1260) to separate
the 2-OH-E(+) and E(+) products. Fluorescence was
detected at 510 nm (excitation) and 595 nm (emission); the
mobile phase consisted of H2O/CH3CN. A Kromasil C18
(4.6 mm × 250 mm) column was used as the stationary phase.
2.7. Alkaline Phosphatase (ALP) Activity Determination. ALP
activity determination was performed by a standard
procedure as presented previously [31, 32]. Brieﬂy, the cells
were seeded 24 h before treatment and exposed to hypoxia
or normoxia for 24 h. After the incubation, the cells were
washed twice with PBS and lysed in ALP assay lysis buﬀer
(50 mM Tris pH 7.4, 150 mM NaCl, 1 mM EDTA, and 0.5%
NP40; all components Sigma-Aldrich, USA). Protein
concentration was determined using DC protein assay (BioRad, USA) kit according to manufacturer’s instructions.
5 μg of protein was incubated in a 96-well plate (four parallel
wells in each group) at 37°C with ALP substrate (4-p-nitrophenylphosphate; Sigma-Aldrich, USA) for 30 minutes. The
reaction was stopped by adding 3 M NaOH and the optical
densities were measured at 405 nm (620 nm reference) using
a microplate reader (Hidex, Finland).
2.8. Statistical Analysis. Data are expressed as mean + standard error of the mean (SEM). Statistical analysis was
assessed by T test or by one-way analysis of variance
ANOVA and Bonferroni’s Multiple Comparison posttest.
Values of P < 0 05 were considered statistically signiﬁcant
(∗ P < 0 05)

3. Results
3.1. Hypoxic Response in Wild-Type and HIF-1α-Deﬁcient ES
Cells. To determine the stabilization of HIF-1α and its role in
hypoxic response in our system, we cultivated wild-type and

4
HIF1α-deﬁcient ES cells in normoxia and in the presence of
1% O2 for 24 h. In parallel, ES cells were also treated by hypoxia mimetics for 24 h (CoCl2–0.3 mM, DFO–0.05 mM,
DMOG–3 mM, and JNJ–0.2 mM); concentrations were
selected according to a comprehensive literature search and
previous study [22]. As anticipated, exposure to hypoxia led
to the stabilization of HIF-1α in wild-type but not in HIF1α −/− ES cells. The level of HIF-2α in hypoxia-treated cells
was equal in wild-type and HIF-1α −/− ES cells
(Figure 1(a)). In a similar manner, treatment with hypoxia
mimetics also resulted in HIF-1α stabilization with a certain variability in the eﬃcacy of the employed compounds
and with CoCl2 having the most pronounced eﬀect
(Figure 1(b)). The expressions of HIF-dependent (phosphoglycerate kinase 1 (PGK1), vascular endothelial growth
factor (VEGF)), and HIF-independent (growth diﬀerentiation factor 15, GDF15) transcripts were determined by
qRT-PCR. The increased expression of HIF downstream
target genes (VEGF, PGK1) occurred in wild-type ES cells
after 24 h hypoxic cultivation. The loss of HIF-1α reduced
hypoxia-induced expression in both VEGF and PGK1
(Figures 1(c) and 1(d), resp.). The transcription of GDF15
was upregulated in both wild-type and HIF1α −/− cells
cultivated in hypoxia (Figure 1(e)).
3.2. Hypoxia but Not HIF Stabilization Decreases ERK
Signaling. The cultivation of ES cells in complete medium
(supplemented with serum and LIF) results in the activation
of several pathways that are responsible for ES cell maintenance. In normoxia, STAT3, Akt, and MAPK/ERK pathways
are phosphorylated and, hence, active. Here, we aimed to
assess how incubation in 1% O2 aﬀects the phosphorylation
of these signaling components. The phosphorylation of
STAT3 remained unchanged by hypoxia. In contrast, the
phosphorylation of Akt and its downstream target GSK3β
at inhibitory serine 9 was decreased in hypoxia-exposed ES
cells (Figure 2(a)). Notably, we observed a strong decrease
in the phosphorylation of ERK and its upstream kinase
MEK. The dephosphorylation of RAF1 was also apparent at
both inhibitory S259 and activating S338 residues
(Figure 2(b)). The attenuation of ERK signaling correlated
with the downregulation of its downstream target EGR1
(Figure 2(b)). Dephosphorylation was not dependent on
HIF-1α in any of the examined proteins.
To further analyze STAT3 signaling, we employed
APRE-luc, a luciferase reporter system that responds to
the transcriptional activity of STAT3. Wild-type and
HIF-1α −/− ES cells were transfected with APRE-luc and,
after media change, were further cultivated in the presence
of LIF-free medium or complete medium for 24 h in either
normoxia or hypoxia. APRE-luc activity was signiﬁcantly
upregulated in an HIF-independent manner in the presence
of LIF, which is a known inductor of STAT3 signaling. This
eﬀect was preserved also in hypoxia (Figure 2(c)).
Next, we assessed the eﬀect of HIF stabilization mediated via exogenous HIF-1 or HIF-2 expression. ES cells
were transiently transfected by the vectors constitutively
expressing mHIF-1α or mHIF-2α. Cells treated with PEI
and transfected with GFP expression vector served as a
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control. We observed stabilization and increased levels of
HIF-1α and HIF-2α, as well as the upregulation of HIFmediated transcription activity; however, the phosphorylation of ERK kinase remained unaﬀected in both cases
(Figures 2(d) and 2(e)).
The administration of the hypoxia mimetics CoCl2, DFO,
DMOG, and JNJ for 24 h did not mimic the eﬀect of hypoxia
in the sense of ERK and Akt dephosphorylation. The phosphorylation of ERK kinase was upregulated following CoCl2
and DFO treatment and remained unaﬀected after the addition of DMOG and JNJ. Phosphorylation of Akt was upregulated by DFO and remained unchanged following treatment
with other mimetics (Figure 2(f)).
3.3. Hypoxia Upregulates DUSP1 but DUSP6 Has the Most
Prominent Eﬀect on ERK Dephosphorylation. Further, we
investigated the role of DUSP phosphatases in hypoxiadriven ERK dephosphorylation. Firstly, the eﬀect of hypoxia
on DUSP1, 5, and 6 expressions was evaluated by qRT-PCR.
The exposure of ES cells to hypoxia for 24 h increased DUSP1
expression (Figure 3(a)). Similar results were obtained using
wild-type or HIF-1α deﬁcient cells. In contrast to DUSP1, the
level of transcripts of DUSP5 and 6 remained unaﬀected in
hypoxia, again independently of the presence of HIF-1α
(Figures 3(b) and 3(c), resp.). Next, we addressed the question of which DUSP has the most prominent eﬀect on ERK
dephosphorylation. We employed the RNA silencing of
selected members of the DUSP family and screened for
ERK phosphorylation. The transfection of ES cells by siRNA
against DUSP1, 5, or 6 resulted in their decreased expression
(Figures 3(d), 3(e), and 3(f), resp.). In the next step, we analyzed the eﬀect of DUSP silencing on ERK phosphorylation
status. Only the silencing of DUSP6 had a prominent eﬀect
on augmenting ERK phosphorylation. It was also correlated
with the downregulation of DUSP6 protein (Figures 3(g),
3(h), and 3(i)).
3.4. Hypoxia Downregulates ERK Phosphorylation Regardless
of DUSP6 Silencing. The RNA silencing of DUSP6 elevated
the phosphorylation of ERK both in normoxia and hypoxia;
however, increase in ERK phosphorylation following the
DUSP6 silencing in hypoxia was not statistically signiﬁcant
(Figures 4(a) and 4(b)). Neither hypoxia-induced ERK
dephosphorylation nor the reduction in EGR1 level were
abolished following the DUSP6 silencing, as determined by
western blot (Figure 4(a)). DUSP6 protein and ERK level
were also determined in hypoxic conditions. Cells were cultured in 1% O2 for 3, 6, 12, and 24 h. Western blot analysis
revealed the hypoxia-mediated downregulation of DUSP6
protein in ES cells at all examined time points. Similarly,
ERK phosphorylation was also progressively downregulated
in hypoxia (Figure 4(c)).
3.5. Okadaic Acid Partially Rescues Hypoxia-Mediated
Dephosphorylation. In an eﬀort to clarify the involvement
of PP2A phosphatase in the hypoxia-mediated regulation of
ERK and Akt activation, we ﬁrstly examined its mRNA level.
The gene expression of PP2A was not signiﬁcantly modiﬁed
by hypoxia either in parental wild-type or in HIF-1 −/− cells
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Figure 1: Stabilized HIF-1α and HIF-2α in hypoxia (24 h, 1% O2) in parental wild-type (HIF-1α +/+) and HIF-1α −/− ES cells (a) and
pharmacologically stabilized HIF-1α in wild-type ES cells (b) determined by western blot. Total level of β-actin was used as a loading
control. Relative expressions of HIF-dependent ((VEGF (c), PGK1 (d)) and -independent (GDF15 (e)) genes in normoxia and hypoxia in
wild-type and HIF-1α −/− ES cells. Data are presented as mean + SEM from at least three independent experiments. Statistical signiﬁcance
was determined by T test (∗ P < 0 05).

(Figure 5(a)). Second, we employed OA, a potent inhibitor of
PP2A. Before exposure to hypoxia or standard cultivation,
OA was added to media in a 10 nM concentration. The inhibition of PP2A increased the phosphorylation of ERK independently of normoxic or hypoxic conditions and abolished
its downregulation in hypoxia (Figures 5(b), 5(c), 5(d), and
5(e)). The phosphorylation of RAF1 at S259 remained intact
upon treatment with OA (Figure 5(b)). The eﬀect of OA on
Akt phosphorylation was even more pronounced in hypoxia.
Treatment with OA also increased the basal level of MEK
phosphorylation, which was, however, reduced in hypoxiacultivated samples. Similarly, OA induced the upregulation
of RAF1 at S338 but did not prevent the reduction observed
in hypoxic samples (Figures 5(b), 5(c), and 5(d)).

3.6. Hypoxia Reduces the ROS Level in ES Cells Aﬀecting ERK
and Akt Phosphorylation. To determine the involvement of
hypoxia-induced changes in the cellular redox environment,
we employed the ROS sensitive probe HE. Following the
hypoxic cultivation, we observed a signiﬁcant decline in both
O2-speciﬁc (Figure 6(a)) and -nonspeciﬁc HE oxidation
products (Figure 6(b)) as assessed by HPLC analysis. The
supplementation of cells with intracellular antioxidant GSH
signiﬁcantly reduced the amount of HE oxidation products
in a manner similar to hypoxia. Further, we sought to
elucidate the eﬀect of GSH or β-ME supplementation
(10 mM, 60 minutes) on the phosphorylation of selected signaling components of the ERK and Akt pathways. Following
the treatment with GSH or β-ME, we revealed robust
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Figure 2: Eﬀect of hypoxia on STAT3 and Akt (a) and ERK signaling (b) in wild-type and HIF-1α −/− ES cells. Analysis of STAT3
transcription activity (APRE-luc) in wild-type or HIF-1α −/− ES cultivated in complete medium (LIF) or LIF-free medium in normoxia or
hypoxia (c). Eﬀect of overexpression of mHIF1 and mHIF2 on ERK phosphorylation in wild-type ES cells (d). Analysis of HIF
transcription activity (pt81/HRE-luc) induced by overexpression of mHIF-1 and mHIF-2 determined by luciferase reporter assay in
wild-type ES cells (e). Eﬀect of pharmacologically induced hypoxia on ERK phosphorylation in wild-type ES cells (f). The total level
of β-actin was used as a loading control for western blot analyses. Data from luciferase assays are presented as mean + SEM from at
least three independent experiments. Statistical signiﬁcance was determined by one-way analysis of variance ANOVA and post hoc
Bonferroni’s multiple comparison test (∗ P < 0 05).
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Figure 3: Relative expressions of DUSP1 (a), DUSP5 (b), and DUSP6 (c) in hypoxia in wild-type and HIF-1α −/− ES cells. Statistical
signiﬁcance was determined by T test (∗ P < 0 05). Eﬀect of siRNA-mediated silencing on DUSP1 (d), DUSP5 (e), and DUSP6 (f)
expression in wild-type ES cells determined by qRT-PCR. Data are presented as mean + SEM from at least three independent
experiments. Statistical signiﬁcance was determined by one-way analysis of variance ANOVA and post hoc Bonferroni’s multiple
comparison test (∗ P < 0 05). Eﬀect of DUSP1, 5, and 6 siRNAs on ERK phosphorylation and DUSP6 levels in wild-type ES cells (g).
The total level of β-actin was used as a loading control. Densitometry analysis of western blots expressed as fold change in DUSP6
protein expression (h) or ERK phosphorylation (i). Data are presented as mean + SEM from at least three independent experiments.
Statistical signiﬁcance was determined by one-way analysis of variance ANOVA and post hoc Bonferroni’s multiple comparison
test (∗ P < 0 05).

dephosphorylation of the ERK pathway and its upstream
kinases, as well as Akt kinase. The level of STAT3 phosphorylation remained unaﬀected by this intervention (Figures 6(c)
and 6(d)).
3.7. Hypoxia Attenuates Markers Associated with
Undiﬀerentiated State of ES Cells. Given the suggested
importance of hypoxia in stem cell cultivation, we aimed to
investigate whether the attenuation of prodiﬀerentiation
ERK signaling in hypoxia aﬀects the selected markers of stem
cell maintenance. The gene expressions of critical regulators
of the undiﬀerentiated state and stem cell markers
octamer-binding transcription factor 4 (OCT4), Nanog,
zinc ﬁnger protein 42 homolog (ZFP42), and tissue nonspeciﬁc alkaline phosphatase (TNAP) were signiﬁcantly
decreased in hypoxia (Figures 7(a), 7(b), 7(c), and 7(d)),
contrary to the early diﬀerentiation marker ﬁbroblast
growth factor 5 (FGF5), which was upregulated (Figure 7(e)),
as determined by qRT-PCR. Protein levels of Oct4 and Nanog
were reduced in hypoxia-cultivated cells as determined by
western blot (Figure 7(f)), as well as alkaline phosphatase
activity (Figure 7(g)).

4. Discussion
Properties of stem cells are maintained by numerous factors
including O2 level. Mouse ES cells are routinely cultivated
in media supplemented with serum and LIF, which support
their undiﬀerentiated state. LIF acts mainly through activating STAT3 signaling, while serum activates other pathways
including MAPK/ERK and Akt [14, 16, 33]. Here, we show
that chronic hypoxia (1% O2 for 24 h) decreases the phosphorylation of ERK and Akt but not STAT3 and attenuates

markers associated with undiﬀerentiated state. As the most
striking eﬀect of hypoxia was observed on ERK signaling,
we further focused on this pathway in particular, with a
minor interest also in Akt. Interestingly, chronic hypoxia
downregulated not only ERK but also its upstream kinases,
MEK and RAF.
As mentioned before, cellular response to hypoxia is a
complex process. A decrease in O2 level inhibits PHD,
which in turn leads to HIF stabilization and transactivation of its target genes, for example, PGK1 or VEGF [34].
GDF15 is known to be upregulated by various stressors
including O2 deprivation, without evidence of direct HIF
involvement [35, 36]. This process is universal virtually for
every cell type, including ES cells.
To understand the mechanisms of the observed ERK
signaling inhibition by hypoxia, we ﬁrst aimed to assess
whether HIF activity alone causes the dephosphorylation
of ERK signaling pathways. We employed HIF-1α deﬁcient
ES cells, the exogenous expression of HIF-1α and HIF-2α,
and treatment with the most commonly used inhibitors of
PHD, (hypoxia mimetics) DMOG, JNJ, CoCl2, and DFO
[22, 37, 38]. Neither HIF-1α depletion nor HIF upregulation
by overexpression or hypoxia mimetics manifested an eﬀect
on the studied ERK dephosphorylation. Therefore, we suggest that hypoxia and not HIF itself is responsible for
the observed attenuation of ERK signaling. Moreover,
DFO and CoCl2 even induced ERK phosphorylation. This
is in agreement with other authors reporting that iron chelation strongly activates MAPK [39–42]. Interestingly, the
mechanism of ERK induction proposed by Huang and colleagues suggests that DFO inhibits DUSP1 and therefore
supports ERK phosphorylation [43]. However, in our
experiments, we observed the induction of DUSP1
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Figure 4: Eﬀect of DUSP6 siRNA silencing on ERK signaling in normoxia and hypoxia in wild-type ES cells (a). Densitometry analysis of
western blot expressed as fold change in ERK phosphorylation (b). Data are presented as mean + SEM from at least three independent
experiments. Statistical signiﬁcance was determined by one-way analysis of variance ANOVA and post hoc Bonferroni’s multiple
comparison test (∗ P < 0 05). Eﬀect of 3 h, 6 h, 12 h, and 24 h 1% O2 cultivation on DUSP6 protein expression and ERK phosphorylation in
wild-type ES cells (c). Total level of β-actin was used as a loading control.

following DFO and CoCl2 treatment (data not shown,
manuscript in preparation). ROS-dependent activation of
ERK signaling has been described multiple times [44, 45],
and we earlier reported that in our system, ERK is also
activated in a ROS-sensitive manner [25]. Therefore, we
hypothesized that the activation of ERK might be mediated
by drug-induced ROS elevation [46, 47].
Further, we aimed to establish whether the downregulation of ERK signaling is associated with the activity
of phosphatases. In agreement with literature, the roles
of selected MAPK-speciﬁc DUSPs and PP 2A were here
analyzed. The elevated expression of DUSP1 following
hypoxic treatment was reported earlier [48] as well as
the upregulation of ERK-speciﬁc DUSP6 in the presence
of 1% O2, which was mediated in an HIF-1-dependent
manner [18]. We also tested DUSP5 as a representative
of nuclear inducible DUSP with speciﬁcity only towards
ERK; the higher eﬃciency of DUSP1 in the dephosphorylation of p38 and c-Jun N-terminal kinase was described by
other authors [49, 50].
In our experiments, hypoxia increased the expression of
DUSP1 in an HIF1-independent manner, while the mRNA
expressions of DUSP5 and DUSP6 remained unchanged upon
24 h hypoxic incubation. Others suppose that DUSP1 is
induced by hypoxia in a program of gene expression controlled by HIF-1 [51, 52]. Although we do not rule out this
possibility, on the basis of our results, we propose that HIF-1
is dispensable for DUSP1 gene expression in chronic hypoxia.
Interestingly, in contrast to our results, Bermudez and colleagues reported the upregulation of both DUSP5 and DUSP6
mRNA levels following 24 h cultivation in 1% O2 [18]. This
divergence might be attributed to diﬀerences between the melanoma and adenocarcinoma cell lines employed in mentioned
study and the ES cells used in our experiments.

Next, we employed siRNA silencing to investigate the
involvement of DUSPs in the regulation of ERK phosphorylation. The downregulation of DUSP1 and DUSP5 by speciﬁc
siRNAs did not have a profound eﬀect on ERK phosphorylation. In contrary to this, the siRNA silencing of DUSP6
resulted in upregulation of the phosphorylated form of
ERK, suggesting its involvement in ERK regulation in mouse
ES cells. Hypoxia, however, downregulated ERK phosphorylation regardless of DUSP6 silencing. Moreover, hypoxia did
not increase DUSP6 expression on either the mRNA or protein levels. It was reported that DUSP6 is subject to extensive
posttranscriptional and posttranslational modiﬁcations and
that mRNA level might not correspond to the protein level
due to several feedback loop mechanisms that are likely to
promote the proteasomal degradation of DUSP6 via ERK
phosphorylation [18, 53]. Thus, it is possible that the expression of DUSP6 takes place as a part of early hypoxic response
and, after 24 h, returns to its basal level. However, we
observed the downregulation of DUSP6 on the protein level
even after 3 h cultivation in 1% O2. Taken together, we conclude that selected DUSP1, 5, and 6 do not play a major role
in the downregulation of ERK phosphorylation during
chronic hypoxia in our system. Consistent with this is the fact
that not only ERK but also its upstream kinases MEK and
RAF, which are not recognized as a substrate for DUSPs
[54], showed a decline in phosphorylation status in hypoxia.
Further, we decided to elucidate the role of PP2A in
chronic hypoxia. PP2A is one of the most abundantly
expressed serine/threonine protein phosphatases that regulates the MAPK/ERK pathway in both a positive and negative
fashion [55] and is also involved in the dephosphorylation of
Akt [56]. Although PP2A can be induced by various stressors
including hypoxia in both in vivo and in vitro models
[19, 20], in our experiments, its mRNA level was not altered
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Figure 5: Relative expression of PP2A (a) in hypoxia in wild-type and HIF-1α −/− ES cells determined by qRT-PCR. Data are presented as
mean + SEM from at least three independent experiments. Statistical signiﬁcance was determined by T test. Eﬀect of OA on signaling in
hypoxia and normoxia in wild-type and HIF-1α −/− ES cells (b). Total level of β-actin was used as a loading control. Densitometry
analysis of MAPK/ERK western blot expressed as fold change in RAF (S338) (c) MEK (d), and ERK phosphorylation (e). Data are
presented as mean + SEM from at least three independent experiments. Statistical signiﬁcance was determined by one-way analysis of
variance ANOVA and post hoc Bonferroni’s multiple comparison test (∗ P < 0 05).

after hypoxic cultivation. We employed the PP2A inhibitor
OA to further investigate the involvement of PP2A in the
dephosphorylation of the ERK and Akt pathways observed
in hypoxia. The hypoxia-induced impairment of ERK and
Akt phosphorylation was reversed in the presence of OA.
The dephosphorylation of MEK was partially rescued, but it
was still downregulated by hypoxia, despite the general
increase in phosphorylation, similarly to the situation with
the S338 RAF1 residue. These ﬁndings suggest several modes
of action of PP2A in our experiments. PP2A might dominate
as a negative regulator of ERK signaling through the direct
dephosphorylation of ERK and MEK, as proposed by previous studies [57, 58]. However, the increased phosphorylation
of S338 at RAF1 in OA-treated ES cells suggests intervention
on the level of RAF1 or, even more likely, upstream, as S338
is not reported as a PP2A target. This is in accordance with
the study by Sawa and colleagues [59]. Moreover, OA also
promotes the phosphorylation of epidermal growth factor
receptor (EGFR) and thus activates EGF signaling, which is
also connected with ERK and Akt upregulation [60]. However, we were not able to detect changes in EGFR phosphorylation in our experiments (data not shown). As the
inhibitory phosphorylation of RAF1 at the S259 site which
is the PP2A target [61] remained unaﬀected by OA treatment, we also propose that this type of RAF1 regulation
has negligible importance in our system. Interestingly,
S259 phosphorylation is mediated by Akt [62]; however,
the phosphorylation of Akt was upregulated following
OA treatment in hypoxia without the eﬀect of RAF1 phosphorylation. This suggests the limited signiﬁcance of crosstalk between PI3K/Akt and MAPK/ERK at the level of Akt
and RAF1 in ES cells. Taken together, our results indicate
that the impairment of ERK signaling takes place on the
level of RAF1 or above via a hypoxia-driven independent
mechanism that might, to a certain extent, include the
involvement of PP2A.

A plausible explanation for our observations might be in
the decline of intracellular ROS in cells cultivated in hypoxia.
ROS are currently recognized as an important modulator of
various intracellular signaling pathways [63]. Many growth
factors and cytokine receptors possess cysteine-rich motifs
susceptible to oxidation that may result in changes in the
structure and function of the protein and lead to the activation or inhibition of several signaling pathways [64]. A proportionate level of ROS is also required for the formation of
disulﬁde bonds in order to achieve the suitable intermolecular conformation of signaling proteins and is also vital in the
process of intramolecular dimerization and protein-protein
interactions (e. g., with scaﬀold proteins), which are necessary for proper signal transduction [65].
Previously, we and other authors demonstrated that
antioxidants and inhibitors of ROS-producing enzymatic
sites abolish MAPK and Akt activation. Conversely, interventions that lead to increased ROS production or the
direct exposure of cells to oxidants such as H2O2 also
activated MAPK as well as Akt in a number of diﬀerent
studies including ours [25, 63, 64].
To compare the eﬀects of hypoxia-mediated decreases in
ROS, we treated cells with GSH. GSH is an essential component of the ROS buﬀering intracellular system and a ﬁrst line
of defence antioxidant [66]. Cells supplemented with exogenous GSH manifested phosphopatterns of ERK and Akt signaling identical to those of cells cultivated in hypoxia. These
results were further conﬁrmed with treatment of cells with
reducing agent and thiol antioxidant β-ME. Therefore, we
suggest that hypoxia-mediated ROS depletion is signiﬁcantly
involved in the downregulation of ERK and Akt signaling in
conditions of chronic hypoxia.
Signaling through ERK kinase is typically regulated by
mitogens and as such is associated with cell proliferation.
The inhibition of mitogen-induced ERK signaling thus also
attenuates cell division [67]. The described mechanisms
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Figure 6: HPLC determination of speciﬁc 2-OH-E(+) (a) and nonspeciﬁc product E(+) (b) of HE oxidation in cells cultivated in normoxia or
hypoxia or supplemented with GSH. Data are presented as mean + SEM from at least three independent experiments. Statistical signiﬁcance
was determined by one-way analysis of variance ANOVA and post hoc Bonferroni’s multiple comparison test (∗ P < 0 05). Eﬀect of GSH and
β-ME supplementation on phosphorylation of MAPK/ERK, Akt, and STAT3 (c, d). Total level of β-actin was used as a loading control.

may therefore serve as part of the processes that keep the low
proliferation rate of stem cell in their niche, even in the presence of relatively high concentrations of growth factors. Multiple lines of evidence show that cultivation in the range
between 1 and 5% of O2 supports the maintenance of ES cells
in a pluripotent state, prevents their diﬀerentiation, and even
reprograms the partially diﬀerentiated cells to a stem cell-like
state [2, 5, 68]. In contrast to studies proposing hypoxia to
have a beneﬁcial eﬀect on stem cell maintenance, others
reported that cultivation in reduced O2 tension supports
rather ES cell diﬀerentiation [3, 4, 69]. Although ERK signaling contributes preferably to diﬀerentiation in the context of
ES cells, the hypoxia-mediated ERK attenuation observed in
our experiments did not support the undiﬀerentiated state,
as shown in the reduced transcripts of markers associated
with stem cell signature. This is in agreement with our earlier
study in which neither PHD inhibition nor 1% or 5% hypoxia
prevented the downregulation of markers associated with
pluripotency induced by the depletion of LIF [22]. Here, we

report similar results, even in the presence of complete
medium, as shown by reduced mRNA levels of OCT4,
NANOG, ZFP42, and TNAP, diminished Oct4 and Nanog
protein and reduction in alkaline phosphatase activity. Thus,
in our system, hypoxia is not a supportive factor with respect
to the maintenance of markers of undiﬀerentiated ES cells
after 24 h cultivation in 1% O2. PI3K/Akt was shown to be
critical for supporting the self-renewal of ES; therefore, the
observed reduction in transcripts associated with undiﬀerentiated status might be attributed to hypoxia-mediated
impairment of Akt and its downstream targets such as Nanog
[15, 33]. However, it should be emphasized that downregulations of markers associated with undiﬀerentiated state are
highly dependent on hypoxia level, length of hypoxic incubation, cell type, and speciﬁc culture conditions, and might
have only be transient [21]. It is of particular interest that
we did not observe the downregulation of STAT3 signaling
in hypoxia, which is central to maintenance of the undiﬀerentiated state and pluripotency [14, 70]. This is in contrast
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Figure 7: Relative expression of OCT4 (a), NANOG (b), ZFP42 (c), TNAP (d), and FGF5 (e) in wild-type ES cells determined by
qRT-PCR. Data are presented as mean + SEM from at least three independent experiments. Statistical signiﬁcance was determined
by T test (∗ P < 0 05). Protein level of Oct4 and Nanog in wild-type ES cells cultivated in normoxia or hypoxia as determined
by western blot (f). Total level of β-actin was used as a loading control. Determination of alkaline phosphatase activity in wild-type ES
cells cultivated in normoxia or hypoxia (g). Data are presented as mean + SEM from at least three independent experiments. Statistical
signiﬁcance was determined by T test (∗ P < 0 05).

with a study by Jeong and collaborators, who also reported
the hypoxia-induced diﬀerentiation of ES cells. However, in
this study, the diﬀerentiation of ES was connected to the
HIF-1-mediated suppression of LIF receptor transcription,
which in turn attenuated STAT3 activation [3]. As we showed
on the phosphorylation level and by luciferase reporter assay,
STAT3 signaling is not compromised by hypoxia in our system, regardless of the presence of HIF-1. Notably, in our

previous study, we also reported the resistance of LIF-induced
STAT3 phosphorylation to changes in intracellular redox
status [25]. This notion is of particular interest as persistent
STAT3 phosphorylation is a hallmark of several cancers and
leads to the gene expression responsible for malignant cell proliferation and resistance to apoptosis, as well as increased invasion and migration [71]. Further, it should be emphasized that
STAT3 signaling is crucial for the regulation of cancer stem

14
cells in a similar way as for the regulation of ES cells [72]. The
relative indiﬀerence of STAT3 phosphorylation to changes in
redox environment thus might serve as one of the driving
forces of cancer progression associated with poor prognosis.
Here, we report conclusively that chronic hypoxia
attenuates the phosphorylation of ERK and Akt in ES cells
independently of the presence of HIF-1α. On the basis of
our results, we suggest that ROS plays a considerable role in
the phosphorylation of ERK and Akt in ES cells, as is demonstrated by the similar eﬀect of hypoxia-induced ROS depletion and GSH supplementation on ERK and Akt signaling
cascades. However, our data do not exclude the involvement
of other diﬀerent mechanisms.
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Cellular reprogramming is accompanied by a metabolic shift from oxidative phosphorylation (OXPHOS) toward glycolysis.
Previous results from our laboratory showed that hypoxia alone is able to reprogram primordial germ cells (PGCs) into
pluripotency and that this action is mediated by hypoxia-inducible factor 1 (HIF1). As HIF1 exerts a myriad of actions by
upregulating several hundred genes, to ascertain whether the metabolic switch toward glycolysis is solely responsible for
reprogramming, PGCs were cultured in the presence of a pyruvate kinase M2 isoform (PKM2) activator, or glycolysis was
promoted by manipulating PPARγ. Conversely, OXPHOS was stimulated by inhibiting PDK1 activity in normoxic or in
hypoxic conditions. Inhibition or promotion of autophagy and reactive oxygen species (ROS) production was performed to
ascertain their role in cell reprogramming. Our results show that a metabolic shift toward glycolysis, autophagy, and
mitochondrial inactivation and an early rise in ROS levels are necessary for PGC reprogramming. All of these processes are
governed by HIF1/HIF2 balance and strict intermediate Oct4 levels. Histone acetylation plays a role in reprogramming and is
observed under all reprogramming conditions. The pluripotent cells thus generated were unable to self-renew, probably due to
insuﬃcient Blimp1 downregulation and a lack of Klf4 and cMyc expression.

1. Introduction
Primordial germ cells (PGCs) are the embryonic precursors of
the gametes. Despite being unipotent stem cells, they share
some common features with pluripotent stem cells (PSCs),
such as constitutive expression of pluripotency factors Oct4,
Sox2, Lin28, and Nanog [1–6], and stem cell markers stagespeciﬁc embryonic antigen 1 (SSEA1) and tissue-nonspeciﬁc
alkaline phosphatase (TNAP). Functionally, PGCs are closely
related to pluripotency, given that disruptions during their
development can give rise to pluripotent, malignant embryonal carcinoma cells (ECCs) [3]. Furthermore, unipotent germ
cells diﬀerentiate only into gametes but acquire totipotency
through fertilization. Thus, germ cells are the only cells that
undergo reprogramming under physiological conditions.
Probably because of this, PGCs are easily reprogrammed

toward pluripotent embryonic germ cells (EGCs) when
cultured with basic ﬁbroblast growth factor (bFGF) or trichostatin A (TSA) [7–9]. Previous work from our laboratory has
shown that PGCs cultured under hypoxia can give rise to pluripotent cells, termed hypoxia-induced embryonic germ-like
cells (hiEGLs), with hypoxia-inducible factor 1 (HIF1) α as a
key factor in the metabolic switch toward glycolysis and subsequent Oct4 deregulation [10].
In classical induced pluripotent stem cell (iPSC) generation with Oct4, Sox2, cMyc, and Klf4 [11], reprogrammed cells
also undergo metabolic reprogramming, shifting from
oxidative metabolism toward a glycolytic phenotype [12, 13].
Moreover, several studies show that metabolic resetting is
an active process that takes place during reprogramming
[12–14] and that an increase in the expression of glycolytic
genes precedes a similar increase in the expression of genes
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that control self-renewal, suggesting that metabolic resetting
has an active and early role in reprogramming. It has also
been reported that inhibition of oxidative pathways is
important to maintain pluripotency [15], and we demonstrated that hypoxia directly promotes cell reprogramming
of in vivo committed cells [10]. This mechanism has also
been observed in cancer cells and involves mitochondrial
inactivation, which in turn renders low levels of reactive
oxygen species (ROS), thus preventing oxidative damage
[16, 17]. In fact, glycolysis stimulation or the addition of
antioxidants such as ascorbic acid can enhance iPSC derivation [18, 19]. This metabolic shift, mitochondrial inactivation, and ROS clearance have also been observed in our
hiEGL cultures when compared with nonreprogrammed
PGCs [10]. These data propose a way to induce pluripotency
by modifying cell metabolism. Our previous results clearly
support this hypothesis and allow further characterization
of the importance of cell energy metabolism in the reprogramming process.

2. Materials and Methods
Oct4-green ﬂuorescent protein (GFP) mice from the
C57BL\6 strain were used in this study. PGCs from 8.5 days
post coitum (dpc) embryos were isolated and seeded onto a
conﬂuent monolayer of mitomycin C-treated Sandoz thioguanine- and ouabain-resistant (STO) cells. STO cells are
immortalized mouse embryonic ﬁbroblasts that display stem
cell factor on their membrane, allowing for PGC attachment
and survival.
The isolation and culture of PGCs were carried out as
described in [3], and the medium was changed daily. Brieﬂy,
PGCs were cultured over nutritious mitomycin-treated STO
cells in DMEM with 15% ES-qualiﬁed FBS and supplemented
with LIF (Millipore) and SCF (R&D Systems), which are
essential for PGC survival and proliferation but do not
induce reprogramming, in normoxic or hypoxic (3% O2)
conditions, and exposed to soluble factors daily. Soluble factors were added in decreasing logarithmic concentrations
according to the published literature to establish nontoxic
ranges. Factors and ﬁnal concentrations used were DASA
at 0.1 μM, ciglitazone at 0.1 μM, dichloroacetate at 50 μM
and 500 μM, 2-methoxyestradiol at 0.1 μM, resveratrol at
0.5 μM, chloroquine at 5 μM, spermidine at 1 μM, ascorbic
acid at 50 μg/mL, and valproic acid at 5 mg/mL.
TNAP staining was performed as described in [3]. Colonies of 8 or more cells were regarded as reprogrammed PGCs.
A t-test was then performed between experimental conditions
with 3 technical replicates and at least 3 biological replicates.
Immunoﬂuorescence was performed after ﬁxation using
4% paraformaldehyde at pH 7.4. PGCs were identiﬁed by
labeling for SSEA-1 (R&D Systems). Double staining together
with molecules of interest was performed: phospho-pyruvate
dehydrogenase (p-PDH) (Abcam), HIF1α (Abcam), HIF2α
(Abcam), Nanog (Abcam), Klf4 (R&D Systems), cMyc
(Santa Cruz Biotechnology), p62 (Abcam), p300 (R&D
Systems), H2BacK20 (Abcam), H3acK9 (Abcam), and
H4acK5K8,K12,K16 (Abcam). As controls, the mouse
embryonic stem cell line E14Tg2a, monkey Cos7, human
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Hela, and mouse NIH3T3 cell lines were used. Images were
obtained by confocal microscopy.
To show mitochondrial activity, ﬂow cytometry was performed after addition of a mitochondrial JC-1 ﬂuorescent
probe or Cell ROX Green probe (Life Technologies) and subsequent ﬁxation as previously described [10] or with live cells
to simultaneously detect Oct4-GFP levels.
Cell sorting was also performed based on this design to isolate PGCs and to extract RNA for speciﬁc gene expression
analysis, using the RNeasy Mini Kit (Qiagen). RNA was converted to cDNA using the High Capacity cDNA Reverse
Transcription Kit (Applied Biosystems), which was then preampliﬁed using TaqMan PreAmp Master Mix (Applied Biosystems) to reach enough of a sample before performing
qPCR, using β-actin as the reference gene. Primers PPAR Forward 5′-3′: tggggatgtctcacaatgc, Reverse 3′-5′: tgggttcagctggtc
gata, Blimp Forward 5′-3′: gtctgtgccaagacgttcg, Reverse 3′-5′:
gaaaggccgttctccactg, Bnip3 Forward 5′-3′: aaaacagcactctgtct
gagga, Reverse 3′-5′: gcttcgggtgtttaaaaagga, β-actin Forward
5′-3′: ctgtattcccctccatcgtg, Reverse 3′-5′: aggagtccttctgacccattc.
qPCR conditions were 10 min at 95°C and then 10 cycles of
15 s at 95°C and 4 min at 60°C in a Biometra TPersonal.
To demonstrate pluripotency, embryoid bodies (EBs) and
three germ layer diﬀerentiation were obtained and demonstrated from reprogrammed PGCs as in [10]. The antibodies
chosen were antialbumin (Dako) for endoderm, antivimentin
(Dako) for mesoderm, and anticytokeratins AE1/AE3 (Dako)
for ectoderm demonstration by immunoﬂuorescence.
Electron microscopy was used for observing autophagic
processes. PGCs and STO cells were cultured in Permanoxcovered culture wells (Cultex) and embedded in epoxy resin.
Standard ultrathin sections stained with uranyl and Pb were
observed on an electron microscope. In addition, autophagic
vacuoles were immunolabeled by anti-p62 antibody (Abcam),
and confocal imaging and image analysis (ImageJ) were used
to count the number of autophagic vacuoles in confocal stacks.
At least 30 cells were counted per condition. Data are shown as
number of autophagic vacuoles per whole cell.
Statistical signiﬁcance in cultures was assessed by
Student’s t-test with Fisher modiﬁcation in at least 3 separate
experiments, each performed in triplicate. EBs and spontaneous diﬀerentiation were performed at least 3 times. Flow
cytometry results were assessed by parametric F-Snedecor
test analysis. All signiﬁcances were considered at p ≤ 05.

3. Results
3.1. Glycolysis Is Necessary but Not Suﬃcient for PGC
Reprogramming. In a previous study, we demonstrated that
hypoxia reprograms PGCs into pluripotency and that this
action is mediated by HIF1 [10]. Because HIF1 exerts a myriad
of actions by upregulating several hundred genes, to ascertain
if the metabolic switch toward glycolysis is solely responsible
for reprogramming, we cultured PGCs in the presence of
DASA, a pyruvate kinase M2 isoform (PKM2) activator. We
thus hypothesized that an increase in the glycolytic ﬂux would
promote reprogramming. DASA was not able to mimic hypoxia in inducing PGC reprogramming (Figure 1(a)), suggesting that additional eﬀects of HIF1 are required. However,
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Figure 1: (a) Number of reprogrammed cells in PGC cultures supplemented with DASA (0.1 μM) for 7 days in normoxia. No diﬀerences are
observed with respect to normoxia. (b) Number of reprogrammed cells in PGC cultures supplemented with DASA (0.1 μM) for 7 days in
hypoxia. DASA causes a synergistic eﬀect with hypoxia. (c) Relative expression of PPARγ in PGCs cultured under normoxia or hypoxia.
Results are shown normalized with respect to normoxia. (d and e) Number of reprogrammed cells in PGC cultures supplemented with
PPARγ agonist ciglitazone (0.1 μM) for 7 days in (d) normoxia or (e) hypoxia. No diﬀerences are observed by ciglitazone addition with
respect to controls. (f) Number of reprogrammed cells in PGC cultures supplemented with DCA at a high dose (500 μM) for 7 days in
normoxia and in hypoxia. DCA prevents hypoxia-induced reprogramming and it has no eﬀect in normoxia. (g and h) Number of
reprogrammed cells in PGC cultures supplemented with DCA at a low dose (50 μM) for 7 days. (h) DCA in normoxia is capable of
reprogramming, (g) whereas it has no further eﬀect in hypoxia. Asterisks show signiﬁcance at p < 05. (i) Immunoﬂuorescence against
phosphorylated PDH (p-PDH) in normoxia (norm) and hypoxia (hyp) with and without 50 μM DCA for 4 days. From left to right: in
blue, nuclei stained with DAPI; in red, PGCs detected as SSEA1+ cells; in green, p-PDH. Scale bars represent 25 microns.

DASA exerted a synergistic eﬀect together with hypoxic culturing (Figure 1(b)), suggesting that even in a glycolyticprone metabolism promoted by hypoxia, an increase in the
glycolytic ﬂux further improves reprogramming eﬃciency.
Similarly, we then promoted glycolysis by manipulating
PPARγ, a master regulator of metabolism. PPARγ can
increase glucose uptake inducing GLUT4 expression, contributes to glycolysis initiation by inducing glucokinase
expression, and inhibits the tricarboxylic acid cycle by
enhancing pyruvate dehydrogenase kinase (PDK) 4 expression. Accordingly, we found an increase in PPARγ expression under hypoxia (Figure 1(c)), which indicates that a
metabolic reprogramming is taking place during PGC reprogramming. The use of ciglitazone, a PPARγ agonist, in normoxia did not lead to PGC reprogramming (Figure 1(d)),
indicating that PPARγ alone is unable to provoke a metabolic
shift that, in turn, induces PGC reprogramming. Also, ciglitazone did not synergize with hypoxia (Figure 1(e)), consistent
with the observed upregulation of PPARγ by hypoxia alone.
Conversely, we stimulated oxidative phosphorylation
(OXPHOS) by inhibiting PDK1 activity in hypoxia by dichloroacetate, a PDK inhibitor. We hypothesized that inhibition of
PDK would inhibit PGC reprogramming. As expected,
dichloroacetate (DCA) impaired hypoxia-induced PGC
reprogramming (Figure 1(f)), suggesting that a glycolytic

metabolism is required for reprogramming, whereas it had
no eﬀect in normoxia (Figure 1(f)). Nonetheless, when a
10-time lower dose of DCA was used, no impairment of
reprogramming in hypoxia was observed (Figure 1(g)), and
most importantly, a signiﬁcant increase in the number of
reprogrammed cells was shown in normoxia (Figure 1(h)).
A possible explanation is that in low-DCA dose conditions, a glycolytic signature is observed in PGCs, as conﬁrmed by the fact that in such cultures PDH is
phosphorylated and thus inactive; thus, the low dose of
50 μM DCA does not inhibit PDK1, and p-PDH can still be
found in cultures under normoxia or hypoxia in combination
with DCA (Figure 1(i)).
We next investigated how a low dose of DCA induces
reprogramming. First, we conﬁrmed the pluripotent capacity
of these cells by embryoid body generation and three germ
layer spontaneous diﬀerentiations. Positive staining for the
three germ layers proved that, as with hiEGLs, DCAreprogrammed cells display pluripotency at least in vitro
(Figure 2(a)).
We next explored the possible stabilization of HIF1 in
DCA cultures. In fact, HIF1 was stabilized in PGCs by a low
dose of DCA, similarly to hypoxic cultures (Figure 2(b)),
revealing a possible and similar mechanism of PGC reprogramming by hypoxia and DCA.
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Figure 2: (a) EB formation and spontaneous diﬀerentiation of reprogrammed PGCs with a low dose of DCA (50 μM) in normoxia. The
markers of endoderm, ectoderm, and mesoderm are, respectively, albumin, AE1/AE3 cytokeratins, and vimentin. Scale bars correspond to
25 μm. (b) Confocal microscopy images for immunoﬂuorescence against SSEA1 and HIF1α in PGC cultures. Samples include Cos7 cells
cultured in normoxic conditions as a negative control and in hypoxia as a positive control. Images also show PGCs cultured in normoxia
(norm), hypoxia (Hyp), and dichloroacetate (50 μM) in normoxia (norm + DCA) for 48 h. Scale bars correspond to 25 μm. (c) Flow
cytometry data of PGC cultures showing the percentage of SSEA1+ cells displaying green signal from the JC-1 probe (inactive
mitochondria), red signal (active mitochondria), or bivalent (both types). An increase in inactive mitochondria in detriment of bivalent
mitochondria is observed in normoxia together with either low DCA dose (50 μM), resveratrol (0.5 μM), or VPA (5 mg/mL) and in
hypoxia after 5 days with respect to normoxic cultures.

We hypothesized that HIF1 inhibition would impair
PGC reprogramming under hypoxia. For that purpose, we
used a HIF1 inhibitor, 2-methoxyestradiol (2-ME), expecting to see an impairment in reprogramming. The 2-ME
showed no eﬀect at low doses and shown to be toxic to
PGCs at high doses (not shown), suggesting that HIF1 is
essential not only for reprogramming but also for PGC
survival in hypoxia.

We then explored the possible eﬀects of a low dose of
DCA in mitochondrial activity. In normoxia, most PGCs
show both inactive and active mitochondria, followed by a
large percentage of PGCs with inactive mitochondria and a
minimal amount with active ones. Cells with DCA showed
an increase in the percentage of inactive mitochondria with
respect to normoxia, as demonstrated by JC-1 labeling and
ﬂow cytometry (Figure 2(c)). This decrease in mitochondrial
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activity is related to the glycolytic signature of PGC metabolism under low DCA and points to the possible involvement
of autophagic mechanisms in PGC reprogramming.
3.2. Autophagy Is Necessary but Not Suﬃcient for PGC
Reprogramming. We next explored the possibility that
autophagy, and speciﬁcally mitophagy, has a direct role in
PGC reprogramming exerted by both hypoxia or normoxia
and a low dose of DCA. In fact, Bnip3, a key regulator of
mitophagy and a HIF1 target, demonstrated a 14-fold
increased expression in hypoxia in comparison to normoxia
by qRT-PCR (Figure 3(a)). As expected, we conﬁrmed the
presence of mitophagic vacuoles in normoxia and also in
hypoxia and DCA conditions by electron microscopy
(Figure 3(b)). DCA (and the rest of reprogramming
conditions, see below) caused a slight increase in the
number of p62-positive autophagic vacuoles at day 3
(Figures 3(c) and 3(d)), although it was not signiﬁcant
due to high SD between cells.
To demonstrate the role of autophagy in PGC
reprogramming, we next prevented autophagy in PGC
cultures subjected to hypoxia with the autophagy inhibitor
chloroquine. In fact, hypoxia-induced reprogramming
was prevented (Figure 3(e)), demonstrating that autophagy
is required for reprogramming. When we induced autophagy with spermidine, no reprogramming was achieved
(Figure 3(f)), suggesting that autophagy alone is not suﬃcient for PGC reprogramming.
However, when we induced mitophagy with resveratrol,
reprogramming was achieved in normoxia (Figure 4(a)).
Mitophagy was also observed by electron microscopy
(Figure 4(b)), and the number of p62-positive autophagic
vacuoles was slightly increased respect to normoxia at day 3
(Figures 3(d) and 4(c)). There was also an increase in the percentage of cells with inactive mitochondria, higher than that
observed with DCA, and similar to that achieved under
hypoxic conditions (Figure 2(c)). Pluripotency induction by
resveratrol was also conﬁrmed by EB formation and spontaneous diﬀerentiation into cells of the three germ layers
(Figure 4(d)).
3.3. A Precise Level of ROS Is Required for PGC
Reprogramming. In addition to inducing autophagy similarly
to spermidine, resveratrol is also a potent antioxidant capable
of reducing ROS levels. In fact, after 20 h of culture, we
detected lower ROS levels in PGCs exposed to resveratrol
with respect to normoxia, and also, we detected ROS in
DCA-exposed cultures (Figure 4(d)). To explore the possibility of inducing pluripotency in PGCs by reducing ROS levels,
we cultured PGCs in normoxia in the presence of the potent
antioxidant ascorbic acid (vitamin C). The ascorbic acid did
not have a reprogramming eﬀect (Figure 4(e)), suggesting
that the sole reduction of ROS is not capable of inducing
reprogramming. However, when we tested whether ROS
clearance could disrupt reprogramming, we observed that
ascorbic acid is capable of preventing hypoxia-induced
reprogramming (Figure 4(e)), suggesting that a speciﬁc level
of ROS is necessary for PGC reprogramming. Also, in DCAinduced PGC reprogramming, ROS removal impaired the
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event of cell reprogramming as well (Figure 4(f)), further
supporting our hypothesis that a rise in ROS is necessary
for reprogramming.
In addition to its mitophagy induction and antioxidant
and ROS clearance actions, resveratrol also induces sirtuins, which in turn might stabilize HIF1, and thus the
rest of HIF1 actions. In fact, HIF1 immunoﬂuorescence
in resveratrol-cultured PGCs demonstrated HIF1 stabilization (Figure 4(g)). Thus, resveratrol induces pluripotency
in PGCs by simultaneously acting on mitophagy, ROS
levels, and glycolysis induction via HIF1a stabilization.
3.4. PGC Reprogramming Pathways Converge in HIF1
Stabilization and Oct4 Deregulation. In PGC hypoxic cultures, HIF1 stabilization promotes deregulation of Oct4
levels, which in PGCs are already high, lowering them to promote reprogramming [10]. To ascertain whether reprogramming in normoxia by low DCA and resveratrol uses the same
mechanism, we performed ﬂow cytometry for Oct4-GFP in
such cultures (Figure 5(a)). In fact, both DCA and resveratrol
showed a similar pattern of Oct4 expression to hypoxia and
statistically diﬀerent from normoxia, suggesting that the
same Oct4 deregulating mechanism is being used.
Because HIF2 has been described to be the HIF responsible for Oct4 regulation, we studied the expression of HIF2 in
our PGC cultures in order to ascertain whether the HIF1/
HIF2 equilibrium could be responsible for PGC reprogramming. HIF2 expression was found in all the conditions studied, even in normoxia (Figure 5(b)), suggesting that HIF1 is
responsible for PGC reprogramming. Interestingly, both
HIF1 and HIF2 expression disappeared after 6 days in every
condition studied (not shown).
We also studied the possible eﬀects of the reprogramming factors in Nanog expression, given that Nanog has been
demonstrated to be a master regulator of pluripotency that is
also expressed in PGCs. Nanog was expressed in every condition studied, as expected (Figure 5(c)), adding to the evidence
that reprogramming toward pluripotency has been achieved.
These results also agree with the reduction of Blimp1 expression, a gene related to germ cell identity that downregulates
in hypoxia-induced reprogramming (not shown).
Similarly to hypoxia, DCA and resveratrol did not induce
self-renewal in induced PGCs, leading to the generation of a
stable cell line. For that reason, we investigated the expression of Klf4 and cMyc in cultures under DCA and resveratrol.
Neither factor was able to upregulate either gene
(Figures 6(a) and 6(b)), providing an explanation for the lack
of self-renewal of the reprogrammed cells similar to hypoxia.
3.5. Epigenetic Control of PGC Reprogramming. To characterize the implication of epigenetics in the reprogramming with
DCA and resveratrol in normoxic conditions, p300 (CREBbinding protein-CBP-coactivator) acetyltransferase expression was investigated. p300 was expressed in the PGCs’ nuclei
in all reprogramming conditions (Figure 7). Actual histone
acetylation was evaluated by immunocytochemistry against
H2BacK20, H3acK9, and H4acK5K8,K12,K16. Our results
show that whereas histones H2B, H3, and H4 are nonacetylated in normoxic PGCs, they become acetylated both in
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Figure 3: (a) Relative expression of Bnip3 gene carried out by quantitative PCR from PGCs cultured under normoxia or hypoxia. Results are
shown normalized with respect to normoxia. (b) Electron microscopy photographs of PGCs in normoxia (top row), hypoxia (second row),
and normoxia with 50 μM DCA (bottom). Left column day 3 and right column day 6 cultures. Autophagic vacuoles are labeled with red
stars. M: mitochondria. N: nucleus. (c) Confocal microscopy merge images for immunoﬂuorescence against SSEA1 in red (PGCs) and p62
autophagic vacuoles in green in cytoplasms of PGC cultures subjected to normoxia (top row), hypoxia (second row), and normoxia with
50 μM DCA (bottom) for 3 d. Nuclei are seen in blue with DAPI. Scale bars correspond to 25 μm. (d) Quantiﬁcation of p62-positive
autophagic vacuoles in confocal stacks shows a nonstatistically signiﬁcant increase with respect to normoxia. (e) Inhibition of autophagy
with chloroquine (5 μM) for 7 days prevents hypoxia-induced reprogramming. (f) Induction of autophagy with spermidine (1 μM) in
normoxia for 7 days does not induce reprogramming. Asterisks show signiﬁcance at p < 05.

normoxic DCA and resveratrol-supplemented cultures as
early as 48 h of treatment (Figure 7).
As histone acetylation was positive in all the reprogramming conditions in normoxia, and also in hypoxia alone, we
explored the possibility that manipulation of histone acetylation was in fact capable of reprogramming directly. We made
use of valproic acid (VPA), a wide histone deacetylases inhibitor. We demonstrate that VPA is capable of PGC reprogramming in normoxia (Figure 8(a)), whereas no further eﬀect
was seen in hypoxic conditions (Figure 8(a)). Reprogramming
toward pluripotency was characterized by EB formation

(Figure 8(b)). Similarly to DCA and resveratrol, Oct4 expression levels were also altered by VPA (Figure 5(a)). Mitochondrial activity was diminished as well with respect to normoxia
(Figure 2(c)). HIF1 and HIF2 expression were conﬁrmed as
well (Figure 8(c)). VPA-treated cultures were positive for
Nanog and negative for Klf4 expression as assessed by immunoﬂuorescence (Figure 8(c)). Interestingly, VPA-treated cultures were positive for cMyc (Figure 8(c)). Autophagy was
also slightly increased at day 3 as shown by electron microscopy (Figure 8(d)) and p62 immunolabeling (Figure 8(e)) and
quantiﬁcation of autophagic vacuoles (Figure 3(d)).

8

4. Discussion
Our results show that a mere soluble factor is able to induce
acquisition of pluripotency in PGCs, as we had previously
shown using only hypoxia [10]. Previous work from our laboratory showed that PGCs and EGCs display a diﬀerential
expression proﬁle, which diﬀers in energetic metabolism
genes [10]. Our results indicated an essential role of HIF1
in PGC reprogramming, due to direct metabolic reprogramming that drives pluripotency acquisition. It is known that
HIF1 induces the glucose transporter (GLUT), pyruvate
dehydrogenase kinase 1, lactate dehydrogenase A, and hexokinase expression [20–26]. HIF stabilization through prolyl
hydroxylase inhibition was suﬃcient to induce PGC reprogramming [10]. Our results show that PKM2 activation using
soluble factor DASA and the consequent boost in glycolytic
ﬂux promote a higher number of reprogrammed cells in hypoxia, but not in normoxia. PKM2 expression can be enhanced
by HIF1 or PPARγ [27, 28], thus it is probable that a PKM2
activation in hypoxia (in which it is likely that PKM2 is operating and where there certainly is a glycolytic proﬁle) contributes to more reprogramming. On the other hand, HIF1
absence in normoxia is not able to induce PKM2 expression
or glycolytic proﬁle establishment, which makes PKM2 activation useless.
Regarding PPARγ, we also found no eﬀect of the agonist
ciglitazone on PGC reprogramming. PPARγ is a direct target
of HIF1 and vice versa; therefore, PPARγ and HIF1 might
establish a positive loop that could cause an enhancement
of glycolysis. However, in normoxic conditions in which no
HIF1α is detected, PPARγ would be incapable of creating a
glycolytic proﬁle. Our data showing that a PPARγ agonist
does not improve PGC reprogramming in hypoxia could
indicate that the metabolic circuit had already been established through HIF1 activity and PDH inhibition. Thus,
enhancement of PPARγ activity would have no eﬀect on
PGC reprogramming.
Taking into account that PDK1 is a HIF1 target, it
appears likely that hypoxia-induced HIF1α expression provokes metabolic reprogramming in low-oxygen conditions
[10, 22, 23]. This same observation has been found in
DCA- and resveratrol-induced reprogramming in this study.
However, it is rather surprising that DCA, a PDK1 inhibitor,
induces PGC reprogramming. In particular, this eﬀect is
unexpected because PDH inhibition through PDK1 action
is one of the characteristics of PGC reprogramming [10]. In
fact, OSKM induction results in an increase of PDK1 expression in other cell types [29]. There are many examples in which
DCA causes a metabolic shift toward glycolysis, leading to
stem cell diﬀerentiation, a decrease in iPSC derivation eﬃciency, or cancer cell apoptosis [12, 30–32]. Our results also
show that a high DCA dose provokes an inhibition of PGC
reprogramming. However, a low DCA dose maintains a glycolytic proﬁle, as supported by immunoﬂuorescence and ﬂow
cytometry analysis, and induces PGC reprogramming, demonstrated by three germ layer diﬀerentiation. A plausible
explanation is that at the low concentration, DCA is not inhibiting PDK1 but is exerting another crucial event in PGC
reprogramming. In fact, diﬀerent cell types do not react
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identically to DCA addition. For instance, glioma cancer stem
cells are DCA sensitive, showing an oxidative metabolic proﬁle
that causes their diﬀerentiation and death, whereas neural
stem cells do not show this behavior [32, 33]. DCA can even
induce an increase in proliferation, as observed in neuroblastoma cells in a mouse xenograft model [34]. Interestingly,
DCA induces a greater Oct4/PKM2 interaction [32], indicating
that DCA might directly contribute to lower Oct4 levels, which
might in turn promote reprogramming.
Autophagy is required for iPSC derivation, although
there are discrepancies concerning the molecular pathway
involved. It has been reported that a transitory Sox2 overexpression takes place during the ﬁrst days of reprogramming,
leading to canonical autophagy induction, with Atg5 and
LC3-II as major regulators. It has also been reported that
pluripotency induction in cells lacking Atg5 shows a reprogramming impairment [35]. However, another study established that this impairment could be reversed, augmenting
OSKM expression, and that the essential pathway was Atg5independent, relied on Rab9 and sintaxin 7, and included
AMP-kinase (AMPK) activation, endoplasmic reticulum
autophagy, and mitophagy [36, 37].
PGC reprogramming shares aspects of both hypotheses.
PGCs and hiEGLs are Sox2 positive, which is necessary for
autophagy. In addition, HIF1 induces Bnip3 expression,
which in turn inhibits mTORC1 binding Rheb, an mTOR
activator. Thus, Bnip3 triggers autophagy [38]. Our results
show an important increase in Bnip3 expression in hypoxia,
which likely inhibits mTOR and induces autophagy. However, resveratrol’s mechanism of action occurs through Sirt1
activation, an NAD+-dependent deacetylase [39, 40]. Because
spermidine addition did not show an eﬀect in PGC reprogramming and the resveratrol and spermidine pathways
share Atg5, Atg7, and LC3 deacetylation [41, 42], it appears
likely that the autophagy observed in PGC reprogramming
does not take place through the canonical pathway.
Inhibition of autophagy using chloroquine diminished
the number of reprogrammed cells, indicating the importance of autophagy in PGC reprogramming. It appears
logical that the energetic stress and metabolic reprogramming that takes place during PGC culture in hypoxia
drives a rearrangement of cellular structures in order to
adapt to a new environment; in fact, we have observed
mitophagy by electron microscopy not only in hypoxia
but also with DCA and resveratrol. Mitophagy logically
provokes lower ROS production and, consequently, prevents cell death [43, 44]. It has been reported that autophagy inhibition in cells overexpressing Bnip3 causes cell
death, given that these cells are incapable of generating,
in turn, their protective response [44]. Because Sirt1 can deacetylate forkhead box O3 (FOXO3), which in turn induces
Bnip3 expression [45], it is probable that resveratrolinduced autophagy occurs through this pathway. In fact,
this mechanism has already been observed in rat kidney
cells [46].
PPARγ is also important in autophagy induction. Apart
from its role in energetic metabolism triggering PKM2
expression, PPARγ can induce autophagy [47]. PPARγ levels
are also oxygen dependent, given that it is a HIF1 direct
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Figure 4: (a) Number of reprogrammed PGCs in conditions of normoxia, normoxia and resveratrol (0.5 μM), and hypoxia for 7 days.
Resveratrol induces PGC reprogramming. Asterisks show signiﬁcance at p < 05. (b) Electron microscopy photographs showing 0.5 μM
resveratrol-induced mitophagy at day 3 (left) and day 6 (right). Autophagic vacuoles are labeled with red stars. M: mitochondria. N:
nucleus. (c) Confocal microscopy merge image for immunoﬂuorescence against SSEA1 in red (PGCs) and p62 autophagic vacuoles in
green in PGC cytoplasms of cultures subjected to normoxia with 0.5 μM resveratrol for 3 d. Nuclei are seen in blue with DAPI. Scale bars
correspond to 25 μm. (d) Embryoid body formation and spontaneous diﬀerentiation of reprogrammed cells into cells of the three germ
layers by resveratrol (0.5 μM). (e) Immunoﬂuorescence images of ROS levels in PGC (SSEA1+) cultures exposed to normoxia, hypoxia,
normoxia and low DCA dose (50 μM), and normoxia and resveratrol (0.5 μM) for 20 h. Scale bars correspond to 20 μm. (f) Number of
reprogrammed PGCs in conditions of normoxia, normoxia and ascorbic acid (50 μg/mL), hypoxia, and hypoxia and ascorbic acid (50 μg/
mL), for 7 days. Ascorbic acid does not induce reprogramming in normoxia and prevents hypoxia-induced reprogramming. (g) Number
of reprogrammed PGCs in conditions of normoxia, normoxia and DCA (50 μM), normoxia and DCA (50 μM), and ascorbic acid (50 μg/mL)
for 7 days. Ascorbic acid prevents reprogramming induced by DCA. Asterisks show signiﬁcance at p < 05. (h) Confocal microscopy images
for immunoﬂuorescence against SSEA1 and HIF1α in PGC cultures subjected to resveratrol for 48 h. Controls are the same as in Figure 2(b).
Scale bars correspond to 25 μm.

target [48]. Among PPARγ targets are HIF1α, PDK, and
Bnip3 [28, 47, 48]. Thus, the observed increase in PPARγ in
PGCs cultured in hypoxia, added to an increase in Bnip3
expression, an increase in PDK activity and HIF1 stabilization, could establish an axis responsible for ﬁxing a metabolic
proﬁle in which autophagy and mitophagy are essential to
the adaptation to hypoxia. These observations agree with
other studies in which hypoxia-induced and PPARγ-induced
autophagy required HIF1α [47, 49].
In terms of ROS, metabolic reprogramming in response
to low oxygen levels prevents ROS generation from mitochondria as a result of OXPHOS [17]. Pluripotent stem cells
show reduced ROS levels, preventing oxidative stress [16].
Ascorbic acid addition to the culture medium enhances iPSC
induction using OSK and OSKM, whereas resveratrol did not
show any eﬀect [19]. Our results ﬁt with these facts, because
PGCs cultured in hypoxia show lower levels of ROS compared with those in normoxia after 3 days in culture [10].
However, ROS removal is not suﬃcient to induce PGC
reprogramming, as shown in ascorbic acid experiments, but
probably contributes to PGC survival in hypoxia. However,
ROS might play another role in PGCs. Speciﬁcally, our study
suggests that a transient and small increase in ROS in DCA
cultures might stabilize HIF1α, consequently inducing PGC
reprogramming. Once HIF1α is stabilized, it would induce
a metabolic reprogramming, which is shown by PDH
inactivation and inactive mitochondria. This peak in ROS

production has also been observed in iPSC generation from
human ﬁbroblasts, immediately before HIF1 stabilization.
In this case, ROS increase induces an elevation in the expression of nuclear factor- (erythroid-derived 2-) like 2 (NRF2), a
master regulator of response against ROS production that
promotes a metabolic shift toward glycolysis via HIF1 [50].
With respect to the epigenetic control of reprogramming,
our present results show that CREB-binding protein (CBP)
coactivator, p300, is not expressed in the PGCs’ nuclei in normoxic cultures whereas it becomes expressed in all the reprogramming conditions after 48 h of culture. Similarly,
acetylation of histones appears evident in all reprogramming
conditions + normoxia and in hypoxia alone as early as after
48 h of treatment. In fact, histone acetylation has a close
implication in PGC reprogramming. Similar to our results
with VPA that reprograms PGCs even in normoxia in the
absence of bFGF, another histone deacetylase (HDAC)
inhibitor, trichostatin A (TSA) can reprogram PGCs into
pluripotent EGCs also in the absence of bFGF [9]. HDAC
inhibitors have been widely used in the ﬁeld of cell reprogramming, since their addition to culture increases the eﬃciency. Speciﬁcally, VPA has been shown to display this
mentioned improvement in the arising of iPSCs, even making Klf4 and cMyc dispensable from the reprogramming
cocktail [51], by reducing senescence of reprogrammed cells
[52]. However, CBP-speciﬁc knockout in PGCs did not alter
their histone acetylation levels [53], suggesting that histone
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Figure 5: (a) Oct4-GFP ﬂow cytometry in PGC cultures under normoxia, normoxia and 50 μM DCA, normoxia and 0.5 μM resveratrol,
normoxia and 5 mg/mL VPA, and hypoxia for 4 days. Normoxic cultures show two separate populations with high and low Oct4-GFP
levels, whereas reprogramming cultures under normoxia with DCA, resveratrol and VPA, and hypoxia show a statistically signiﬁcant
appearance of a population with intermediate Oct4 levels. Asterisks show signiﬁcance at p < 05. (b) HIF2 immunoﬂuorescence in
normoxic, hypoxic, normoxia + DCA (50 μM), and normoxia + resveratrol (0.5 μM) cultures showing positive reaction in SSEA1+ cell
(PGC) nuclei under every condition. (c) Nanog immunoﬂuorescence in normoxic, hypoxic, normoxia + DCA (50 μM), and normoxia +
resveratrol (0.5 μM) cultures showing positive reaction in SSEA1+ cell (PGC) nuclei under every condition.

acetylation in PGCs is dependent on other histone acetylases
diﬀerent than CBP. In addition to their histone acetylation
properties, CBP/p300 exerted an antiapoptotic eﬀect in PGCs
in vivo [53]. In our cultures, p300 expression could aid in the
survival of reprogramming cells.
It is remarkable that distinct pathways that lead to reprogramming share HIF1α expression as a common feature. All
reprogrammed cells show HIF1α protein stabilization after
48 h of culture, turning into HIF1α negative at approximately
the sixth day of culture. Because PGCs in normoxia are

always negative for HIF1α, this molecule appears to be essential for PGC reprogramming. In fact, iPSC derivation
through OSKM induction is impaired if HIF1α is absent
[29]. Also, ectopic expression of HIF1α during the reprogramming process promotes appearance of iPSC colonies
[54]. In our experimental model, HIF1 is essential for both
reprogramming and survival of PGCs in hypoxia. This observation might indicate that adaptation of PGCs to hypoxia
involves metabolic reprogramming and cellular rearrangement through autophagy. Our results in all reprogrammed
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cells show a predominance of inactive mitochondria and
observation of autophagic events. Our data also show that
HIF1α is lost at approximately the sixth day of culture, indicating that metabolic reprogramming has been fulﬁlled by
that time and HIF1α is then downregulated. Similarly, transient expression of HIF1α has also been reported in human
embryonic stem cells (ESCs) cultured in hypoxia, where it
only lasts for 48 h [55].
Regarding HIF2α, its expression was shown to be constitutive in PGCs, given that it is detectable from the beginning
of the culture, even in PGCs cultured in normoxia. This
observation is not surprising, considering that PGCs are
the only cell type that retains Oct4 expression in 8.5 dpc
embryos and that the transcription factor responsible for
that expression is HIF2 [56]. HIF2α is also involved in
Sox2 and Nanog expression, both of which are present in
PGCs [55]. HIF2α is absent from the sixth day of culture
in all reprogrammed cells. In agreement, it has been reported
that HIF2α overexpression favors iPSC derivation if this
overexpression takes place during the early phase of reprogramming and it exerts an inhibitory eﬀect if it occurs in
later phases [54]. On the other hand, human ESCs maintain
the nuclear location of HIF2α for a longer time and cells
deﬁcient for HIF2α are unable to proliferate and cannot be
maintained in culture [55]. This loss of HIF2α might explain

the lack of self-renewal in our reprogrammed cells. We propose that HIF1α induction alters HIF1/HIF2 balance and,
once metabolic reprogramming has been accomplished,
HIF2α does not reach its previous levels and reprogrammed
cells fail to establish self-renewal. This HIF2 impairment
might be the cause behind the heterogeneous Oct4 pattern
and the rise of Oct4 low populations that enter the reprogramming process. It has recently been reported that it is a
reduced Oct4 expression that directs a robust pluripotent
state in ESCs [57] and that a higher range of Oct4 levels in
ESCs causes heterogeneity in Nanog expression. This idea
is also supported by redeﬁnition of the low Oct4 levels
required for pluripotency entry as well as the higher
Oct4 levels required for diﬀerentiation [58]. Our data show
that hypoxia, low DCA, resveratrol, and VPA induce a
wider range of Oct4 levels in PGCs, accounting both for
pluripotency induction and diﬀerentiation-prone colony
formation. This HIF balance could also be involved in
the cMyc negativity in our reprogrammed cells, given that
HIF1α and cMyc compete for Sp1 cofactor binding,
whereas HIF2α allows cMyc/Sp1 binding [59]. As shown
in the results, we hypothesize that the lack of Klf4 and
cMyc observed in the reprogrammed cells (except VPA
where cMyc is positive) is responsible for this inability to
self-renew. In turn, this lack of expression might be also

14

Oxidative Medicine and Cellular Longevity
Albumin

DAPI

Phase

AE1/AE3

DAPI

Phase

Vimentin

DAPI

⁎

1500
⁎
1000

⁎

500

Hyp + VPA

Hyp

Norm + VPA

0
Norm

Reprogrammed cells

Phase

(a)
HIF1

(b)
HIF2

c-Myc

Nanog

Klf4

(c)
M
N

M

N

25 𝜇m

(d)

(e)

Figure 8: (a) Number of reprogrammed PGCs in conditions of normoxia, normoxia and valproic acid (VPA), hypoxia, and hypoxia and VPA
(5 mg/mL) for 7 days. VPA induces PGC reprogramming in normoxia but does not synergize with hypoxia. Asterisks show signiﬁcance at
p < 05. (b) EB formation and spontaneous diﬀerentiation of reprogrammed cells into cells of the three germ layers by VPA in normoxia
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correspond to 25 μm. (c) Confocal microscopy merge images for immunoﬂuorescence against SSEA1 in green (PGCs), and HIF1α, HIF2α,
cMyc, Klf4, and Nanog in red in nuclei of PGC cultures subjected to 5 mg/mL VPA for 48 h. Colocalization is seen as bright pink.
Controls are the same as in Figure 2(b). Scale bars correspond to 25 μm. (d) Electron microscopy photographs showing VPA-induced
mitophagy at day 3 (left) and day 6 (right). Autophagic vacuoles are labeled with red stars. M: mitochondria. N: nucleus. (e) Confocal
microscopy merge image for immunoﬂuorescence against SSEA1 in red (PGCs) and p62 autophagic vacuoles in green in cytoplasms of
PGC cultures subjected to normoxia with 5 mg/mL VPA for 3 d. Nuclei are seen in blue with DAPI. Scale bars correspond to 25 μm.

due to insuﬃcient downregulation of Blimp1. Reprogramming PGCs toward EGCs with classical bFGF shows a
critical downregulation of Blimp1 as a major step, which
drives Klf4 and cMyc. Although we observed a downregulation of Blimp1 by qRT-PCR in reprogrammed PGCs,
this event might occur in a lower intensity as it occurs
in classical EGC derivation.

Our data collectively suggest that pluripotency and
immortality are two distinctly regulated processes, the ﬁrst
exerted by HIF1 control of the processes of glycolysis,
autophagy, and an early peak in ROS, with an intermediate
downregulation of Oct4; and the second exerted by Blimp1
downregulation, HIF1/HIF2 balance, and expression of cMyc
and Klf4. Further studies on which genes are separately
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responsible for these two characteristics will be of signiﬁcant
interest, not only for EGCs and iPSCs but for their implications in oncogenic transformation.
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NADPH oxidases (NOX) are reactive oxygen species- (ROS-) generating enzymes regulating numerous redox-dependent signaling
pathways. NOX are important regulators of cell diﬀerentiation, growth, and proliferation and of mechanisms, important for a wide
range of processes from embryonic development, through tissue regeneration to the development and spread of cancer. In this
review, we discuss the roles of NOX and NOX-derived ROS in the functioning of stem cells and cancer stem cells and in
selected aspects of cancer cell physiology. Understanding the functions and complex activities of NOX is important for the
application of stem cells in tissue engineering, regenerative medicine, and development of new therapies toward invasive forms
of cancers.

1. Introduction
Reactive oxygen species (ROS) are highly reactive oxygenderived molecules that include free radicals such as
superoxide or hydroxyl radicals, as well as nonradicals
such as ozone or hydrogen peroxide. Depending on their
level, ROS can play dual roles either as important mediators and signaling molecules required for proper cell functioning or as damaging factors leading to mutations,
carcinogenesis, and cell death.
To keep the correct equilibrium between the production
of ROS and their elimination, free radical scavengers, both
endo- and exogenous, are needed. It has been commonly
believed that antioxidants which neutralize ROS and thus
protect biomolecules from damage should be beneﬁcial in
protection against cancer, but recent studies clearly show that
antioxidants (in the form of dietary supplements) may

actually promote tumor growth and cancer metastasis. In
2011, it was demonstrated, during a trial on over 30,000
men over 50 who were administrated high doses of vitamin
E, that the risk of prostate cancer increased by 17% [1]. More
recently, researchers from Sweden have shown that even
relatively low doses of antioxidants may enhance the growth
of lung tumors and melanomas in mice [2, 3]. Similar conclusions come from work which demonstrated that treating
melanoma-bearing mice with antioxidants decreased oxidative stress in circulating cancer cells but increased their ability
to metastasize [4]. No matter how puzzling or confusing
these evidences are, it is undoubtedly important to understand better the biology of ROS and their sources to
eﬀectively treat various diseases and disorders.
The main sources of ROS in cells, beside the respiratory
chain, are NADPH oxidases (NOX). The physiological functions of NADPH oxidases are very diverse: they play a role in
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Table 1: Functions and mechanisms of action of NADPH oxidases in stem cells and cancer stem cells.

Process

Expression/activity of NOX
Eﬀects/mechanism
Reference
↑ NOX2
Diﬀerentiation of stem cells/ROS-dependent Notch signaling pathway
[111]
Myogenesis, C2C12 diﬀerentiation/↓ ERK1/2 phosphorylation,
↓ NOX4
[112]
MAP kinases
↑ NOX2
Cardiac precursor cells (CPCs) → ↑ c-kit(+) cells/unknown mechanism
[114]
↑ NOX4
Diﬀerentiation of endothelial cells into smooth muscle cells/TGFβ-1↑ NOX4
[115]
Diﬀerentiation
dependent NOX4/H2O2 upregulation
NOX4/H2O2 dependent
(i) Neural crest stem cells (NCSCs) diﬀerentiation to neural cells
[116–118]
↑ NOX4
(ii) 2T3 preosteoblast diﬀerentiation
(iii) Renal progenitor cells diﬀerentiation to proﬁbrotic cells
↓ NOX4
Neural crest stem cells (NCSCs) death or retarded growth of PNS
[116]
↑ NOX4
Proliferation of neural stem cells/superoxide dependent
[122]
↑ NOX3
↑ proliferation of mouse spermatogonial stem cells/unknown mechanism
[123]
↓ proliferation and migration of adipose-derived stem cells (ADSCs)/
↓ NOX4
[124]
Stem cell
↓ ERK1/2, Akt, ↓ PDGFβ1
self-renewal
↓ NOX
Proliferation of mesenchymal stem cells/↑ Nanog/Oct4 (TFs)
[125]
NOX2
↑ senescence of Ang. II-stimulated endothelial cells/unknown mechanism
[126]
NOX4
↑ proliferation of pancreatic cancer cells (SW1990 and BxPC-3)/
NOX2
[137]
NF-κB/STAT3 activation
Cancer stem cell
↑ enrichment of breast cancer stem-like cell population/RAS/Erk1/2/
growth and survival
↑ NOX1
[138]
NOX1 activation
↓ NOX2, NOX4, NOX5 ↑ survival of prostate stem-like cells in vitro
[139]
↑ resistance of patient-derived glioblastoma stem cells and chronic
Cancer stem cell
↑ NOX2
myeloid leukemia stem cells to tyrosine kinase inhibitors/NOX2/
[143]
drug resistance
Egr1/Fyn upregulation

cellular proliferation, serotonin biosynthesis, endothelial
signaling, regulation of renal functions, and the immune
response against microorganisms (as a source of the so called
oxidative burst), but their overexpression is associated with
various neurological diseases and cancer types [5–8].
The roles of NOX have been quite well established in
many noncancerous cells, but the eﬀects of NOX-generated
ROS on functioning of cancer and stem cells are much less
understood. Considering the role of ROS in cancer
recurrence and chemo- and radiotherapy resistance, this
seems to be one of the most important research areas in the
current oxidative medicine [9]. Here, we review the importance of NOX and NOX-derived ROS in the functioning of
stem cells, including cancer stem cells, and in cancer cells,
focusing on their roles in diﬀerentiation, self-renewal,
proliferation, angiogenesis, and metastasis (Table 1).

2. NADPH Oxidases
The NOX family is a group of transmembrane proteins able
to transport electrons from NADPH and to reduce oxygen
to the ROS superoxide anion (O2·−) and hydrogen peroxide
(H2O2) [10]. NOX and the mitochondrial electron transport
chain are considered as the main sources of ROS in cells,

although other potential sources such as cytochrome p450,
xanthine oxidase (XO), or nitric oxide synthase (NOS) also
contribute to the redox potential [11]. In mammals, seven
proteins with NOX activity exist, NOX1 to NOX5 and Duox1
(dual oxidase 1) and Duox2; however, rats and mice lack
NOX5 [12]. NADPH oxidases can be found not only within
the plasma membrane (NOX1–5 and DUOX1-2) but also
in the endoplasmic reticulum (NOX2, NOX4, and NOX5),
mitochondrial membrane (NOX4), and nuclear membrane
(NOX4 and NOX5), as well as in the specialized membrane
microdomains caveoli and lipid rafts (NOX1), focal
adhesions (NOX4), and invadopodia (NOX1 and NOX4)
[13–19]. Every NOX family member is anchored to the membrane through six transmembrane helices binding two haem
cofactors [20]. The C-terminal domain binds FAD/NADPH
and allows electron transfer to the haem and further across
the membrane to molecular oxygen [13, 21, 22]. DUOX1,
DUOX2, and NOX5 also have calcium-binding regions at
their N-terminus, which distinguish them from other NOX.
Additionally, DUOX1 and 2 possess a domain with a structure similar to the active site of peroxidase (but do not show
peroxidase or superoxide dismutase activity) [23, 24]. NOX1,
NOX2, NOX3, and NOX5 produce O2·− while NOX4,
DUOX1, and DUOX2 generate H2O2 (see Figure 1) [22].
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Figure 1: Structure of NOX isoforms. NOX1–4 are similar in their size and domain structure. Two NOX subunits, gp91phox and p22phox
(also called β and α subunits, resp.), are integral membrane proteins that together comprise the large heterodimeric subunit ﬂavocytochrome
b558 (cyt b558). The cytoplasmic C-terminus contains ﬂavin adenine dinucleotide (FAD) and NADPH-binding domains (shown in the
picture as a green ellipse). NOX1 and NOX2 activation involves the phosphorylation of NOXO1 and p47phox, respectively, the
translocation of the entire multidomain complex, including p40phox, p67Phox, and Rac from the cytosol to the membrane, and the
transfer of electrons from the substrate to oxygen. Like NOX1 and NOX2, NOX3 is p22phox dependent, but it does not bind to Rac.
NOX4 activation involves p22phox and POLDIP2. NOX5, DUOX1, and DUOX2 have calcium-binding regions (EF hands) at their
N-terminus, which distinguish them from other NOX. DUOX1 and 2 have a domain with a structure similar to the active site of
peroxidase but without peroxidase or superoxide dismutase activity.
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To create an active NOX complex, stable complex NOX1–3
require binding to a membrane protein p22phox, cytosolic
proteins p47phox, p67phox (or their homologues named
NOXO1 and NOXA1, resp.), p40phox (only for NOX2), or
the GTP-binding protein Rac1/2 [21, 25–28]. The main role
of these subunits is to bring FAD and NADPH close together
to facilitate the transport of electrons [29]. NOX4 interacts
with p22phox but not with other proteins, and therefore, it
is believed to be constitutively active and regulated at the
level of transcript expression, or the activation may occur
in a yet unknown way [30–32]. The activity of NOX4 may
be enhanced by an interaction with DNA polymerase-δinteracting protein 2 (POLDIP2) [33, 34]. DUOX1, DUOX2,
and NOX5 activation is independent from cytosolic subunits—they contain EF-hands (helix-loop-helix motifs) that
bind calcium ions for activation [12, 35, 36]. The mechanism
of the activation of NOX family enzymes has been described
in detail in [26, 30].
Once the active NOX complex is formed, electrons are
transferred from NADPH to FAD, causing its reduction to
FADH2 [13]. As the NOX catalytic subunit can accept only
one electron, a single electron is passed to the ﬁrst inner
haem and then used for the reduction of molecular oxygen
bound by the second haem [10, 37]. Superoxide anion generated in this reaction often undergoes disproportionation
reactions in which one molecule of O2 · donates an electron
to another, forming H2O2 and O2 in a reaction termed
dismutation (catalyzed by superoxide dismutase (SOD) or
occurring spontaneously under low pH conditions) [38]. As
described above, H2O2, rather than superoxide anion, has
been identiﬁed as a product of NOX4, DUOX1, and DUOX2
but it is predicted that for thermodynamic reasons, this
cannot be formed through haem-catalyzed two-electron
reduction [13, 39]. More likely, some regions in NOX4,
DUOX1, and DUOX2 serve as enhancers of spontaneous
dismutation or as a proton donor, but this hypothesis has
not been conﬁrmed [13, 40].
ROS, including NOX-derived superoxide (O2 ·) and H2O2,
inhibit the activities of various biological molecules. At low
levels, they serve as the second messengers for signal transduction, but higher concentrations cause oxidative damage
to DNA, proteins, and lipids by direct oxidation or via
the transition metal-driven Haber-Weiss reaction to the
extremely reactive hydroxyl radical (OH·) (Figure 2) [41–44].
H2O2 induces apoptosis in many cancer cells in vitro via
the activation of the caspase cascade. Many antitumor drugs,
such as vinblastine, doxorubicin, or camptothecin, also
exhibit antitumor activity via H2O2-dependent activation of
apoptotic cell death, which suggests the potential use of
H2O2 as an antitumor agent [45–48]. However, a biphasic
eﬀect of H2O2 and superdoxide has been demonstrated on
cellular proliferation in which low levels (submicromolar
concentrations) induce growth, but higher concentrations
(>10–30 micromolar) induce apoptosis or necrosis. This
phenomenon has been demonstrated for primary, immortalized and transformed cell types [38, 44].
This review highlights the relations between NOX
proteins and several cellular processes which are of importance in medicine and hallmarks of cancer such as increased
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proliferation rate, avoidance of apoptosis, tumor invasiveness, tumor angiogenesis, diﬀerentiation, and self-renewal
of stem cells, showing that several NOX may be considered
as potential therapeutic targets. The expression of NOX,
especially in cancer cells and solid tumors, has been a topic
of several publications in the past few years (for details, see
[11, 49]). Therefore, we concentrate here on selected processes in which NOX have been identiﬁed as important
players, particularly proliferation, invasiveness, and metastasis, paying particular attention to potential mechanisms
of action and regulation.

3. Roles of NOX in Cancer Cells
Increased expression of NOX1, NOX2, NOX4, and NOX5 or
their regulatory components compared with normal controls
has been described in many types of cultured cancer cell lines
and in human tumors at early and late stages of tumorigenesis, indicating their importance in cancer development and
progression [49–51].
Exogenous expression of NOX1 in NIH3T3 ﬁbroblasts
caused increased cell growth and the ability to form tumors
in athymic mice [52]. Tenfold overexpression of NOX1
caused increased growth and transformation with only
a < 2-fold increase in extracellular O2 ·- generation, showing
that high levels of ROS are not required for these eﬀects.
Coexpression of catalase (CAT) reversed the transformed
phenotype, indicating that H2O2 was the growth-promoting
species [38, 52].
Studies of tumor and adjacent tissues from 123 patients
with gastric cancer (adenocarcinoma) showed that in 47.2%
of cases, the NOX2 level was detectable and was increased
in the tumor compared to adjacent tissue. Patients in the
NOX2-positive group presented a poor prognosis (5-year
survival rates) [53].
The roles of NOX3, DUOX1, and DUOX2 in cancer and
stem cells have not been very well established as yet. According to the current state of knowledge, NOX3 expression is
generally limited to the cochlea and inner ear epithelial cells,
where it plays a role in the perception of gravity and
maintaining balance [54, 55]. DUOX promoters have been
shown to be highly methylated in lung cancer [54, 56].
Recently, it has been also demonstrated that the loss of
DUOX1 expression in lung cancer cell lines is strongly associated with the loss of the epithelial marker E-cadherin and
that the silencing of DUOX1 promotes features of an
epithelial-to-mesenchymal transition (EMT), an important
feature of metastatic cancer [57]. Wu et al. [54] showed that
DUOX2 is regulated by IFN-γ-mediated Stat1 binding to the
Duox2 promoter in pancreatic tumor lines. At the same time,
the authors demonstrated the upregulation of DUOX2
expression in vivo in pancreatic cancer xenografts and in
patients with chronic pancreatitis. In another study by Wu
et al. [58], IFN-γ-mediated DUOX2 overexpression resulted
in H2O2-induced, ERK-associated upregulation of HIF-1α
and VEGF-A in pancreatic cancer cells. Recently, DUOX
enzymes were also found to constitutively maintain ROS
levels in prostate cancer cells, and these ROS promote AKT
signaling leading to increased resistance to apoptosis [59].
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Figure 2: Endogenous sources and consequences of ROS overproduction. Overproduction of superoxide anion and H2O2 by NOX (NOX and
Duox), cytochrome c oxidase, or xanthine oxidase (XO) and the subsequent increased level of hydroxyl radical (generated through the Fenton
or Haber-Weiss reaction) are leading to lipids, proteins, and nucleic acid oxidation and, in consequence, to genomic instability, mutations,
and carcinogenesis. Upon this conditions, cell survival or death is dependent on the activation of either ASK-1 or PI3K: high level of ROS
tends to activate the ASK-1/JNK pathway leading to cell death, while lower or transient ROS production may result in the activation of
PI3K kinase (accompanied by ASK-1/JNK inhibition) and NF-κB-mediated survival.

3.1. NOX in Tumor Development. Oxidative stress can result
in genomic instability caused by direct modiﬁcation and
damage to nucleic acids and alteration of redox-sensitive
proteins and signal transduction leading to tumor formation.
The exact function of NOX-derived ROS in cellular transformation remains an open question.
ROS produced by NOX4 caused mitochondrial dysfunction and mitochondrial DNA damage [15, 60, 61]. As NOX4
can be found also in the nucleus, it could be responsible for
direct oxidation of nuclear proteins and DNA as well [62].
Whether NOX play a role in ROS-induced genomic instability resulting in tumorigenesis is uncertain, as this would be an
outcome of complex interactions between reactive species,
antioxidants, and DNA repair pathways.

Besides, genomic instability NOX1 has been connected
with the regulation of p53 activity. The corepressor HIPK2
which control the tumor suppressor p53 also upregulates
NOX1, which in turn prevents deacetylation and inactivation
of p53 by the stress-controlling protein sirtuin1 (SIRT1),
therefore promoting tumorigenesis [63, 64].
Increased expression of NOX1 also accompanies activating mutations in K-RAS, a proto-oncogene with a key role in
growth autonomy of tumor cells [65]. Overexpression of KRAS enhances the transcription of NOX1 through RAF/
MEK/ERK-dependent phosphorylation of the transcription
factor GATA6 [66]. In RAS-transformed cells, NOX1 stimulates cell proliferation and anchorage-independent growth
through the RAS/MEK and canonical WNT-β-catenin
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pathways [67, 68]. NOX regulate several other phosphatases
linked to cell survival, for example, the low molecular weight
protein tyrosine phosphatases (LMW-PTP) and protein
phosphatase 1 (PP1). In chronic myeloid leukemia, increased
NOX4-mediated ROS production induced by Bcr-Abl
(kinase generated from the Philadelphia chromosome)
enhances survival signal transduction through the inhibition
of PP1 which negatively regulates the PI3k/Akt pathway [69].
3.1.1. NOX in Proliferation, Invasiveness, and Metastasis. All
cancer cells share some features known as the hallmarks of
cancer which include insensitivity to growth-inhibitory signals, limitless replicative potential, self-suﬃciency in growth
signals, avoidance of apoptosis, sustained angiogenesis, tissue
invasion, and metastasis [70, 71].
Recent studies on colon cancer show that NOX1 activity
and ROS generation are modulated through a cascade of
interactions between growth receptor-bound protein 2 (an
adaptor involved in signal transduction), Cbl E3 ligase (an
ubiquitin-protein ligase), NOXA1 (an activator of the NOX
complex), epidermal growth factor, and NOXO1 (an organizer of the NOX complex). NOX1 can modulate the canonical Wnt-β-catenin signaling pathway which is crucial for the
proliferation and fate of both malignant and normal cells,
and on the other hand, Wnt can induce NOX1-derived
ROS production [67]. Thus, the connections between NOX
activity and cancer cell growth, proliferation, and tumor formation involve complex signaling pathways and interactions.
Cancer cells can be transferred to and proliferate in different regions of the same organ or in very distant sites. This
spreading, termed metastasis, is a multistep process involving
the invasion of tumor cells into the extracellular matrix, the
migration through the endothelium into vessels (intravasation) and then out of them (extravasation), and ﬁnally, the
colonization and proliferation leading to growth of the secondary tumors [72, 73]. The steps of extracellular matrix degradation and extravasation are mediated by invadopodia,
actin-rich structures in the plasma membrane which contain
integrins, matrix metalloproteinases, NOX, and other transmembrane proteins. The formation of invadopodia is dependent on NOX-mediated production of ROS [17, 74, 75]. Two
proteins found only invadopodia, named Tks4 and Tks5,
show homology to p47phox (as well as some structural
similarities to p40phox and NOXO1 and associate with
and activate NOX1 and NOX3, even when no other
organizers were present [76, 77]. This suggest that ROSdependent invadopodia formation may be dependent on
a NOX-Tks protein complex, formed exclusively at invadopodia membranes [17, 78].
Higher metastatic potential is correlated with elevated
matrix metalloproteinase-7 (MMP-7) expression in human
colon cancer cells; less invasive colon cancer cells, such as
Caco2 and HT29 cell line, present low MMP-7 expression
level and high NOX1 and AMPK phosphorylation levels.
AMPK is an energy-sensing kinase, activated by changes of
the AMP/ATP ratio caused by insuﬃcient amount of nutrients
and required for rapid cell proliferation and hypoxic conditions. Pharmacological activation of AMPK by adding 5-aminoimidazole-4-carboxamide riboside (AICAR) and D942
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leads to reduced NOX4 expression and NOX4-dependent
ROS generation. NOX may be linked to inﬂammationinduced metastasis in renal cell carcinoma (RCC), where cell
invasion is based on NOX4-mediated hypoxic-induced production of interleukin-6 and interleukin-8 (IL-6 and IL-8)
[79]. IL-6 and IL-8 induce metastasis in RCC, but their
NOX-dependent production can be reduced through the
activation of AMPK (previously shown to decrease tumor
growth in a xenograft model and in vitro) [79, 80].
The induction of an invasive phenotype by TPA (12-Otetradecanoylphorbol-13-acetate) results in increased NOX2
and MMP-7 expression which leads to higher ROS production and decreased AMPK phosphorylation [81]. In colon
cancer cells, this molecular switch from NOX1 to NOX2,
together with NOX2-derived ROS, increases MMP-7 expression by the deactivation of AMPK, and the TPA-induced
phenotype can be reverted by NOX2 but not NOX1targeting siRNA, suggesting that NOX2 activity induces an
invasive phenotype [81]. In contrast, in melanoma cells, the
role of a switch-deciding transformation from a noninvasive
to an invasive phenotype is played by the Akt protein, a kinase
that plays a key role in proliferation, cell migration, and apoptosis, which induces NOX4-derived ROS [82].
The inhibition of NOX by siRNA or a pharmacologic
inhibitor leads to signiﬁcantly reduced lung cancer formation
in vivo and lung cancer cell invasion in vitro, as shown by a
meta-analysis [83]. NOX1-derived ROS are crucial for the
regulation of metastasis through the toll-like receptor 4
(TLR4) in non-small lung cancer cells (NSCLC) [84], and it
is possible that TLR4 signaling enhances the expression of
NOX1 which subsequently regulates MMP-9 and increases
metastasis in these cells [84, 85]. O'Leary described the role
of TLR-4-dependent NOX1 activity in accelerating adherence of lipopolysaccharide- (LPS-) stimulated colon cancer
cells (SW480, SW620, and CT-26 cell lines) and proposed a
mechanism in which TLR-4-mediated activation of NF-κB
leads to increased activation of NOX and in consequence to
a higher level of ROS and phosphorylation of Akt [86]. The
PI3K/Akt signaling pathway mediates TG-interacting factor(TGIF-) induced NOX2 activation and ROS production,
which stimulate PI3K/Akt to promote the invasiveness of
urothelial carcinoma [87]. TGIF acts as a transcriptional
repressor/corepressor regulated by TGF-β and associated
with the protein SMAD [88]. TGF-β/SMAD3-induced
NOX4 activity aﬀects cell migration and expression of
ﬁbronectin, a marker of TGF-β-induced epithelial-tomesenchymal transition (EMT), in normal and metastatic
breast epithelial cells [89, 90].
There is growing body of evidence that microRNAs are
involved in NOX-dependent regulation of tumor growth,
invasiveness, and metastasis [91–93]. miR-21 has been
reported to promote growth, metastasis, and chemo- and
radioresistance in non-small lung cancer cells by targeting
PTEN, the product of a tumor suppressor that is mutated
in many cancers [93]. The inhibition of NOX activity in
human lung cancer cells decreases their invasive potential
in vitro, lowers the level of miR-21 and MMP-9, and also
increases expression of PTEN. The expression of miR-21
and of the NOX subunit p47phox was signiﬁcantly higher
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in poorly diﬀerentiated tumor cells. An increased level of
miR-21 also compensates for the eﬀect of NOX inhibitors
on metastasis [92]. Consistent with the results for prostate
cancer cells in which NOX-derived ROS are known to regulate invasiveness and metastasis in vivo, the depletion of
p47phox subunit using siRNA reduced tumor metastasis in
a xenograft model of prostate cancer [94]. The regulation of
miR-21 by NOX-derived ROS probably occurs by the activation of Akt, but understanding of this axis requires further
studies [94, 95]. miRNAs can also aﬀect the NOX4-MCP-1
axis critical for hemangioendothelioma; silencing of the
enzyme required for miRNA maturation (Dicer) prevented
formation of tumors in vivo, accompanied by the upregulation of miR-21a-3p activity targeting the 3′UTR of the
NOX4 transcript [96]. A lower level of NOX4-derived ROS
resulted in decreased production of the oxidant-inducible
monocyte chemoattractant protein-1 (MCP-1) which is
critical for endothelial cell tumor formation [96, 97].
The role of NOX5 is less understood than those of NOX1,
2, and 4, but it is also reported to play a signiﬁcant function in
cancer. Its silencing results in a lower proliferation rate of
prostate cancer PC-3 cells and increased apoptosis caused
by enhanced activity of caspases 3 and 7 [51], and therefore,
NOX5-derived ROS are suggested to be important for the
regulation of proliferation and survival of prostate cancer
cells [51]. Lower expression of NOX5 resulted in a decreased
level of phosphorylation of c-Jun N-terminal kinase 1/3
(JNK1/3) and a reduced level of PKC-ζ protein, which is
known to promote an aggressive phenotype of human prostate cancer cells [51, 98].
3.1.2. NOX and Angiogenesis. Cell function and survival
and, in the case of cancer cells, also the ability to spread
to adjacent and distant tissues are dependent on the
oxygen and nutrients provided by the vasculature [99].
Angiogenesis is a critical step for the development of
tumors with a diameter higher than ~2 mm as it allows
the delivery of nutrients into the solid tumor [13, 99].
New blood vessel formation from existing vasculature is
regulated by growth factors such as vascular endothelial
growth factor (VEGF) which activates matrix metaloproteinases (MMPs) and can be regulated by inhibitors (i.e.,
angiostatin) [100]. Another key element of angiogenesis
in tumors is the transcription factor hypoxia-inducible factor 1 (HIF-1) which under hypoxic condition characteristic for the center of tumor, increases the transcription of
VEGF, and furthermore, both HIF-1α and VEGF expression can be stimulated by ROS [100, 101].
In ovarian cancer cells, NOX4-derived ROS together with
mitochondrial-derived ROS are necessary for tumor-induced
angiogenesis and regulation of VEGF level through HIF-1α
expression [13, 102]. NOX1- and NOX4-derived ROS promote HIF-dependent vascularization in prostate cancer and
malignant melanomas; however, several reports indicate that
ROS-mediated angiogenesis can also occur through an HIFindependent mechanism [13, 82, 103]. Garrido-Urbani et al.
reported increased expression and activity of NOX1 during
angiogenesis and impaired angiogenesis in NOX1-deﬁcient
mice, indicating its role in endothelial cell migration and
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tumor progression [104]. NOX1 downregulates expression
and activity of the antiangiogenic receptor PPARα (peroxisome proliferator-activated receptor α) which is known to
inhibit the transcription factor NF-κB (see Figure 3) and
VEGF [104, 105]. Another mechanism has been reported
for serotonin-induced angiogenesis: serotonin (5-HT, 5hydroxytryptamine) activates NOX and induces ROS production, which is probably mediated through the activation
of the 5-HT1 receptor-linked Src/PI3K pathway [106]. However, it is not clear if HIF-1 plays a role in this mechanism
because the PI3K pathway can increase VEGF production
by tumor cells in both an HIF-1-dependent and HIF-1independent manner [106, 107].

4. NOX in Stem Cells
Stem cells play important roles in many stages of development, from progenitors of all cells, pluripotent stem cells, in
early embryonic stages, to tissue-restricted cells—giving rise
to cells with highly specialized functions [108]. Numerous
studies have demonstrated the potential of stem cells in therapies [109]. Redox states have been reported to play important role in both maintaining stemness and mediating
diﬀerentiation of several precursor cell types [110].
4.1. NOX and Diﬀerentiation. NOX2 regulates the diﬀerentiation of mouse induced-pluripotent stem cells (miPCs) into
arterial endothelial cells (miPSC-ECs) via the Notch signaling pathway [111]. The expression of arterial endothelial
markers such as EphrinB2, neuropilin 1 (Nrp1), and activin
receptor-like kinase 1 (ALK1), as well as the expression of
Notch-pathway components, was signiﬁcantly decreased
(at the mRNA and protein levels) in NOX2−/− miPSCs.
However, the transfection with an adenovirus vector coding for NOX2 resulted in a signiﬁcant increase of arterial
endothelial markers and Notch1 expression, and the same
eﬀect was obtained by the upregulation of Notch activity.
In both cases, the eﬀect of this increase can be reversed either
by DPI-induced inhibition of ROS generation or by silencing
of Notch1 expression [111]. NOX2 deﬁciency has been
shown to signiﬁcantly lower the potency of miPSC-ECs for
vascular repair in mouse ischemic limbs, tube formation, cell
proliferation, cell migration, and uptake of Ac-LDL (acetylated low-density lipoprotein) and to increase sensitivity to
oxidative stress [111].
NOX4 has been reported to regulate myogenesis, the process in which muscle stem cells ﬁrst proliferate and then differentiate. In myogenic C2C12, cell changes in NOX4
expression level correlate with the changes in the level of
the diﬀerentiation markers myogenin, MyoD1, Pax7, and
Myf5 which can be further linked to the changes in MAPK
signaling pathways. Both overexpression and depletion of
NOX4 caused reduction of ERK1/2 phosphorylation during
the diﬀerentiation [112]. The MAPK family consists of extracellular regulated kinases (ERK1/2), Jun N-terminal kinase
(JNK), p38 kinase, ERK3/4, and the mitogen-activated protein kinase 1 (BMK1/ERK5) pathways. The JNK and p38
kinase pathways are sometimes grouped together and
referred to as the stress-activated protein kinases (SAPKs)
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Figure 3: Examples of NOX signal transduction. NOX1-derived ROS can aﬀect the following: diﬀerentiation through the p38 and ERK1/2
pathway, hypertrophy via p38-mediated activation of Akt, cell migration by the activation of cSrc protein, and cellular growth by the
activation of ERK1/2; and subsequent activation of transcription factor Ets-1 and upregulation of cyclin D. nox1 also downregulates the
expression and activity of the antiangiogenic receptor PPARα, known to inhibit the transcription factor NF-κB and, therefore, aﬀects
angiogenesis. NOX1 can be activated by thrombin, PDGF, or Ang II; activated by TNFα, thrombin or NF-κB NOX2-generated ROS promote
migration and angiogenesis through the Akt and cSrc pathways. NOX2-mediated regulation of angiogenesis also occurs via VE-cadherin; via
the activation of p38 or the inhibition of ERK1/2 NOX4-derived ROS promotion; via the activation of p38 or the inhibition of ERK1/2
diﬀerentiation, which regulates growth, by eiF4E and pRB pathways, and migration (through the activation of MMP2). NOX4 expression and
activity can be increased by TGF-β1 or Ang II; NOX5 promotes growth and inﬂammation, respectively, through JAK-2/STAT3 and NF-κB
signaling pathways. ROS production by NOX5 can be activated by IL4 or PDGF; there will be always some omitted proteins, no matter how
detailed is the scheme.

[113]. NOX are also implicated in the diﬀerentiation of cardiac cells into cardiac muscle, endothelial, and smooth muscle cells. Cardiac precursor cells (CPCs) marked by type III
receptor tyrosine kinase c-kit (c-kit+) with silenced Nox2
and Nox4 genes showed increased expression of the CPC
stemness markers c-kit and Flk1 (receptor for vascular endothelial growth factor), while cells with overexpression of
NOX2 and NOX4 presented decreased c-kit level [114].

These changes were accompanied by changes in the level
of Gata6, Gata4, and cytokine-transforming growth factor β1
(TGF-β1) required for cardiac lineage speciﬁcation, as well as
an altered level of the diﬀerentiation markers α-smooth muscle actin (α-SMA) and cardiac troponin T (cTnT). The
upregulation of NOX2 and NOX4 during the diﬀerentiation
of early postnatal c-kit+ cells suggests that they are responsible for maintaining “the balance between precursors and

Oxidative Medicine and Cellular Longevity
diﬀerentiation status” [114]. NOX4 has also been described
as a mediator of the diﬀerentiation of mouse embryonic stem
cells into smooth muscle cells (SMC) with a positive correlation between the expression of NOX4 and SMC-speciﬁc
genes (SMαA, SM22α, h1-colponin, and SM-myh11) and
transcription factors essential for the diﬀerentiation (serum
response factor and myocardin), expression, and activation
of NOX4 (which can occur through TGF-β1) driving the
diﬀerentiation (and maintenance of phenotype) of functional
SMC from EC through H2O2 generation [115].
NOX4 activity is essential for BMP-induced neuronal
diﬀerentiation of neural crest stem cells (NCSCs) [116],
diﬀerentiation of osteoblasts from murine 2T3 preosteoblast
cells [117], and proﬁbrotic cell diﬀerentiation from adult
renal progenitor cells [118]. The silencing of NOX4 in primary NCSCs leads to cell death; however, in NOX4−/−
knockout mice, the development of the neural crest-derived
peripheral nervous system occurred normally (although
embryos showed retarded growth). As NOX4 is the only
NOX expressed in NCSCs at a detectable level, it is suggested
that other NOX proteins from surrounding cells and tissues
may provide ROS for NCSCs during embryogenesis [116].
It seems also that NOX levels and functions are dynamically
regulated during mouse embryonic stem cell diﬀerentiation,
as p67phox subunit expression is signiﬁcantly increased in
2-3-day-old embryoid bodies compared to those 11-12-day
old [119, 120].
4.2. NOX and Stem Cells Self-Renewal. There are two key
characteristics of stemness: one is potency, understood as
an ability to diﬀerentiate, and the other is self-renewal, an
ability to maintain a pool of undiﬀerentiated stem cells
through symmetric and asymmetric cell divisions [121].
The stimulation of NOX4-derived superoxide production
by angiotensin II (Ang II) in neural stem cells signiﬁcantly
increases their proliferation [122], leading to the suggestion
that NOX4 level regulates stem cell self-renewal and, therefore, may be an important player in neurodegenerative
processes such as Alzhaimer’s disease, Parkinson’s disease,
or multiple sclerosis [122]. A function of NOX in selfrenewal has also been reported by Morimoto et al. who
described a connection between the self-renewal potential
of mouse spermatogonial stem cells (SSCs) and NOX3 and
presented the hypothesis that renewal of SSCs is in fact regulated by sequential activation of diﬀerent NOX genes and
may or may not occur through the PIK3-AKT and MAP2K1
pathways [123]. Similar results were obtained for adiposederived stem cells (ASCs) in which the silencing of NOX4
leads to reduced proliferation and cell migration, as well as
decreased expression of Oct4 and Rex1 and a lower level of
phosphorylation of PDGFR-β, AKT, and ERK1/2 [124].
In contrast, another study suggests that the suppression
of NOX using apocynin can reverse the aging process in
mesenchymal stem cells and increases the expression of
the transcription factors Nanog and Oct-4—which are
important in the self-renewal of stem cells [125]. Increased
expression of NOX2 and NOX4 has been reported to
accelerate senescence of Ang II-stimulated endothelial progenitor cells [126].
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ROS generated by NOX (and other sources) can act as
an enhancer of stem cell signaling but also as damaging
molecules, and therefore, more studies are still required
as the threshold is not clearly deﬁned [9]. Additionally,
it should be noted that the idea of NOX-mediating diﬀerentiation, aging, and senescence of stem cells interferes
with data on their role in undiﬀerentiated and not senescent cancer cells. Unfortunately, there is not enough data
to draw precise conclusions.
4.3. NOX and Cancer Stem Cells. Several reports indicate that
the growth of some solid tumors and their high resistance to
chemotherapy are dependent on small population of cells
called cancer stem cells (CSCs) [127].
CSCs are subgroup of cancer cells having the ability of
self-renewal and capability to initiate tumor formation and
metastasis [59]. So far, these tumor-initiating cells have
been found in many types of cancer, breast, brain, skin,
head and neck, thyroid, cervix, retina, and lung and from
leukemia and lymphoma [128–131]. The origin of CSCs
remains still unclear, and it is debated if they are formed
in a process similar to reprogramming (dediﬀerentiation)
from cells that have acquired a more stem cell-like phenotype
or if they are stem cells which have accumulated the suﬃcient
number of mutations required for carcinogenic transformation. It is also possible that they are a result of a combination
of both these processes. The issue of the origin of these cells
raises numerous discussions, and to highlight this uncertainty, they are often referred as cancer stem-like cells or
tumor-initiating cells.
CSCs reside preferentially in special microenvironmental
niches within tumor tissue, where cells have a limited access
to oxygen. The features of these hypoxic niches are of crucial
importance for CSC self-renewal, metastatic potential, and
therapy resistance. CSCs express increased levels of antiapoptotic proteins in comparison to mature cell types from
the same tissue, which could explain their resistance to cytotoxic drugs [132, 133].
The presence of CSCs might also explain why cancer may
reoccur after treatment; most chemotherapeutic drugs act
only on mature cancer cells, and CSCs have elevated levels
of an ATP-binding cassette which promotes drug resistance
[134]. In glioma cells, CSCs preferentially activate DNAdamage checkpoints, so the cells can repair the damage faster
and escape radiation-mediated cell death [135]. In breast
cancers, CSCs express a low level of ROS due to higher
expression of free radical scavengers, which ultimately causes
resistant to radiation therapy [136].
Recently, NOX-mediated production of ROS has been
recognized as an important factor involved in cancer stem
cell regulation and chemotherapy resistance [137]. Enrichment of a population of breast cancer stem-like cell population, induced by exposure to low concentrations of
combined carcinogens, correlates with the activation of
the RAS-Erk1/2-NOX1 pathway which plays an important
role in maintaining increased cell proliferation [138]. The
opposite result was observed for stem-like holoclones
derived from the PC3 human prostate cancer cell line,
which showed reduced expression of NOX2, NOX4, and
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NOX5, and their upregulation signiﬁcantly lowered cell
survival in vitro [139].
Gemcitabine, a chemotherapeutic drug used in advanced
pancreatic cancer, is characterized by low eﬃciency and
causes rapid development of chemoresistance [137, 140,
141]. New data show that the pancreatic cancer stem cell
phenotype (characterized by CD44+, CD24+, and CD133+
markers) can be actually induced by gemcitabine itself
[142]. Gemcitabine activates the NF-κB/STAT3 signaling
cascade through NOX-mediated production of ROS [137],
and pancreatic cell lines incubated with the NOX inhibitor
apocynin show not only a decrease in ROS and p-STAT3
levels but also an abolished expression of Nanog, Sox2, and
Bmi1, genes associated with self-renewal and maintaining
pluripotency [137].
NOX2 has been suggested as a potential target in the
development of a therapy against chronic myeloid leukemia
(CML) and glioblastoma, as the resistance of CML stem cells
and patient-derived glioblastoma stem cells to tyrosine
kinase inhibitors seem to be mediated through the NOX2/
Egr1/Fyn axis [143]. Chemotherapy may induce the overproduction of ROS which leads to NF-κB-mediated release of
inﬂammatory cytokines, including IL-6 and IL-8, and drive
cancer progression through inﬂammation. Additionally,
interleukin-6 is known to induce resistance of myeloma cells
to chemo- and radiotherapy by NF-κB-dependent increase of
manganese superoxide dismutase expression (MnSOD)
[144]. Unfortunately, there is not enough data to conﬁrm
whether such re-establishing of redox homeostasis exist in
cancer stem cells [144].
The role of NOX-generated ROS in the functioning of
cancer stem cells is not well understood yet, but considering
their role in cancer recurrence and chemo- and radiotherapy
resistance, this seems to be one of the most important
research areas in current oxidative medicine [9].

5. Summary
NOX are the only enzymes for which the production of ROS
is main physiological function. They play roles in many processes required for functioning of cells and organisms,
including wound healing, host defense, cell diﬀerentiation
during embryogenesis, proliferation, and regulation of gene
expression. However, their pathologically altered expression
and activity are connected with several neurodegenerative
and inﬂammatory diseases, as well as the development and
progression of cancer [145].
NOX can modulate proliferation and diﬀerentiation of
stem cells which make them a potential tool and target in
stem cell therapies, tissue engineering, and regenerative medicine. Studies aimed at growing functional cardiac tissue from
stem cells (neonatal rat cardiomyocytes) have already shown
NOX-mediated redox signaling to be crucial for neovascularization in vivo which is necessary for the generation of functional tissues [119, 146].
Altered expression of NOX has been observed in many
types of cancers [147]. As recent research has brought
some light into the mechanisms of NOX-derived ROS
action and eﬀects on proliferation, invasiveness, metastasis,
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and angiogenesis of cancer cells, NOX have been proposed
as targets in therapy of lung, colon, thyroid, and prostate
cancer [51, 147, 148]. Especially, the ability to prevent
metastasis through the modulation of cancer stem cell
growth and proliferation would bring enormous beneﬁts
for patients. However, this approach is currently limited
by the lack of highly speciﬁc and validated inhibitors for
diﬀerent NOX enzymes which would not aﬀect other
sources of ROS. The development of speciﬁc inhibitors
seems to be even more important given the poor results
of therapies based on antioxidants aimed at scavenging
ROS [149]. As NOX are not the only origin of ROS in
cells, it is important to understand the mutual interactions
between these enzymes and other ROS sources, especially
the respiratory chain, to eﬀectively regulate redox potential
for therapeutic purposes.
NOX have been intensively studied over the past decade,
and the results obtained have signiﬁcantly increased our
knowledge about their activation and the signaling pathways
which they inﬂuence; however, much more research is still
required, especially in vivo using animal models.
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Myoclonus epilepsy associated with ragged-red ﬁbers (MERRF) is a maternally inherited mitochondrial disease aﬀecting
neuromuscular functions. Mt.8344A>G mutation in mitochondrial DNA (mtDNA) is the most common cause of MERRF
syndrome and has been linked to an increase in reactive oxygen species (ROS) level and oxidative stress, as well as impaired
mitochondrial bioenergetics. Here, we tested whether WJMSC has therapeutic potential for the treatment of MERRF syndrome
through the transfer of mitochondria. The MERRF cybrid cells exhibited a high mt.8344A>G mutation ratio, enhanced ROS level
and oxidative damage, impaired mitochondrial bioenergetics, defected mitochondria-dependent viability, exhibited an imbalance
of mitochondrial dynamics, and are susceptible to apoptotic stress. Coculture experiments revealed that mitochondria were
intercellularly conducted from the WJMSC to the MERRF cybrid. Furthermore, WJMSC transferred mitochondria exclusively to
cells with defective mitochondria but not to cells with normal mitochondria. MERRF cybrid following WJMSC coculture
(MF+WJ) demonstrated improvement of mt.8344A>G mutation ratio, ROS level, oxidative damage, mitochondrial bioenergetics,
mitochondria-dependent viability, balance of mitochondrial dynamics, and resistance against apoptotic stress. WJMSC-derived
mitochondrial transfer and its therapeutic eﬀect were noted to be blocked by F-actin depolymerizing agent cytochalasin B.
Collectively, the WJMSC ability to rescue cells with defective mitochondrial function through donating healthy mitochondria may
lead to new insights into the development of more eﬃcient strategies to treat diseases related to mitochondrial dysfunction.
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1. Introduction
Mitochondria play crucial roles in oxidative phosphorylation
(OXPHOS), ATP production, and diverse cell signaling
events. The human mitochondrial genome (mtDNA) is
16,568 bp and encodes a limited number of mitochondriaspeciﬁc proteins, rRNAs, and tRNAs [1]. Mitochondria are
also the major source of intracellular ROS. The electron
transport chain (ETC) in the mitochondrial inner membrane
is critically involved in the generation of energy, where
oxygen acts as an electron acceptor. Mitochondrial ROS is
generated in the form of superoxide as a byproduct of
ineﬃcient transfer of electrons across the ETC [2]. Accumulated ROS, in a form such as hydrogen peroxide
(H2O2), when built up to a toxic level within cells can
result in oxidative stress and oxidative damage [3]. Mitochondria are highly dynamic organelles, able to divide
and combine through the processes of ﬁssion and fusion,
allowing them to adjust their size, shape, and organization
inside the cell [4]. Mitochondria dynamic processes are
crucial for cell apoptosis, mitochondrial biogenesis, and
mtDNA integrity maintenance [5] and are implicated in
the aging process [6]. It has been well documented that
changes in mitochondrial metabolism aﬀect mitochondrial
morphology and network within the cell. Pharmacological
inhibition of respiratory chain complexes alters organization
of the mitochondrial network, mitochondrial membrane
potential, and usually increases ROS production [7, 8].
Increased ROS production triggers dynamic changes in
the morphology of the organelles by mitochondrial fragmentation [9]. An intact mitochondrial membrane potential was
found to be crucial for mitochondrial dynamics and morphological changes [10]. In mammalian cells, dynamin 1-like
(DNM1L or DRP1), mitochondrial ﬁssion factor (MFF),
and ﬁssion 1 (FIS1) are involved in the ﬁssion process, while
optic atrophy 1 (OPA1) and mitofusin 1 and 2 (MFN1 and
MFN2) participate in the fusion process [11].
Mitochondrial DNA (mtDNA) mutations are critical
causes of rare human diseases, characterized by mitochondrial dysfunction [12]. Myoclonus epilepsy with ragged-red
ﬁber (MERRF) is associated with speciﬁc point mutations
of mtDNA, mainly the mt.8344A>G transition in the mitochondrial tRNALys coding gene [13], which is associated with
severe defects in protein synthesis, leading to impaired
OXPHOS [14]. MtDNA mutation-elicited oxidative stress,
oxidative damage, and altered gene expression are involved
in the pathogenesis and progression of MERRF syndrome
[15, 16]. The heteroplasmy ratio of mutated and wild-type
mtDNA deteriorates the development and the severity of this
syndrome. Clinically, the MERRF syndrome is maternally
inherited and is a neurodegenerative disease characterized
by myoclonus, mitochondrial myopathy, cerebellar ataxia,
and generalized epilepsy. Histologically, Gomori’s trichrome
staining of MERRF patients’ muscle biopsies revealed the
presence of ragged-red ﬁbers, due to the subsarcolemmal
accumulation of mitochondria [13]. The mt.8344A>G mutation results not only in ineﬃcient bioenergetics but also in
intracellular oxidative stress as indicated by an increased
expression of ROS and manganese-superoxide dismutase
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[15]. In addition, cells harboring the mt.8344A>G mutation
presented fragmentation of mitochondria, which is correlated with altered processing of the profusion protein optic
atrophy type 1 (OPA1, [17]).
More recently, several studies have shown that mitochondrial transfer from stem cells can rescue aerobic respiration of mtDNA-defective cells [18–20] and stressed cells
[21–23]. In 2006, Spees et al. ﬁrst demonstrated that in
mtDNA-devoid A549human lung carcinoma cells (ρ0-A549
cells), cocultured with human bone marrow mesenchymal
stem cells (BMMSC), mitochondria moved from BMMSC
to ρ0-A549 cells [18]. Transferred mtDNA from MSC was
identiﬁed and defective mitochondrial respiration and ATP
production of ρ0-A549 cells were restored [18]. Islam et al.
demonstrated that lipopolysaccharide- (LPS-) damaged lung
alveoli in vivo received mitochondrial transfer from BMMSC
and presented increased ATP restoration, as well as an
improved survival rate [21]. In addition, Wang and Gerdes
showed that DNA-damaging UV light induced formation
of tunneling nanotubes, which facilitate intercellular mitochondrial transfer from healthy cells to damaged cells [23].
Thus, mitochondrial transfer provides a therapeutic opportunity for disorders related to mtDNA defects and mitochondrial dysfunction. Recently, we have shown that human
umbilical cord Wharton’s jelly mesenchymal stem cells
(WJMSC) demonstrate the capability to conduct mitochondrial transfer [23]. ρ0 cells receiving mitochondria from
WJMSC retained the donated mtDNA long term and
exhibited restoration of mitochondrial protein synthesis,
electron transport chain (ETC) activity, respiratory function,
ATP production, mitochondria-dependent growth, and
cellular motility [20]. Herein, we report that mitochondrial
transfer from WJMSC to MERRF cybrid is able to partly
reduce mtDNA mutation load, decrease oxidative stress,
and improve mitochondrial bioenergetics. Furthermore,
the eﬀect is concomitant with restoration of mitochondrial
dynamics and antiapoptosis resistance.

2. Materials and Methods
2.1. Cell Culture and Cybrid Production. Human 143B osteosarcoma cells were grown in Dulbecco’s modiﬁed Eagle’s
medium (DMEM, high glucose, Gibco, Carlsbad, CA, USA)
supplemented with 10% heat-inactivated fetal bovine serum
(FBS; Gibco, Carlsbad, CA, USA) at 37°C in 5% CO2. The
FBS was thawed at 37°C and then heated to 56°C for 30
minutes for heat inactivation. Cybrids were generated by fusing 143B-ρ0 cells with human platelets in the absence of
pyruvate and uridine as previously described [24]. Brieﬂy,
platelets from healthy volunteers were isolated and fused
with ρ0 cells in the presence of polyethylene glycol 1500
(50% w/v; Roche, Nutley, NJ, USA). After 1 week of recovery,
the cells were placed on a 96-well plate in a 1 : 2 limited dilution in pyruvate/uridine-free medium. After 14 days, the
cybrid populations forming single colonies were screened
and transferred to a 35 mm dish. With continuing growth,
the cybrids were transferred to a 100 mm dish for a further
20 generations of culture in order to ensure that nuclearencoded mitochondrial proteins were incorporated into the
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newly introduced mitochondria. Control subject or MERRF
patient-donated blood were used for experimentation only
after written informed consent had been obtained. This study
protocol and written informed content were reviewed and
approved by the Institutional Review Board of Chang Gung
Memorial Hospital (CGMH; IRB number 101-1620A3).
2.2. Isolation, Cultivation, and Identiﬁcation of WJMSCs.
Human WJMSCs were prepared from fresh human umbilical
cords obtained during normal spontaneous deliveries after
written informed consent had been obtained. The preparation of human WJMSC has previously been described
[20]. Brieﬂy, human umbilical cords were placed in Hanks’
balanced salt solution (Gibco, Carlsbad, CA, USA) before
harvesting of the WJMSC. After the arteries and veins had
been removed, the remaining cord was diced into small
pieces and transferred to 10 cm dishes containing DMEM
in a 37°C incubator at 5% CO2. Upon reaching 100% conﬂuence, cells were detached using 0.25% trypsin-EDTA
(Gibco, Carlsbad, CA, USA). The WJMSC had a typical
spindle-shaped appearance and were found to be positive
for CD73, CD90, and CD105 and negative for CD31,
CD34, and CD45 in ﬂow cytometric analysis. The WJMSCs
used for the experiments were within ﬁve passages. Likewise,
this study protocol and written informed consent were
reviewed and approved by the Institutional Review Board
of Chang Gung Memorial Hospital (CGMH; IRB number
101-1620A3).
2.3. Mt.8344A>G Mutation Load. To determine the amount
of mtDNA containing the mt.8344A>G mutation of MERRF,
PCR/RFLP analysis was performed [25]. The primers used
were Primer L8150 (8150-8169): 5′-CCGGGGGTATACTA
CGGTCA-3′ and Primer MR28 (8372-8345): 5′-GGGGCAT
TTCACTGTAAAGAGGTGCCGG-3′. The ampliﬁed PCR
products (223 bp) were subjected to restriction digestion by
Nae I (Thermo Scientiﬁc), which can recognize the restriction site (5′-GCCGGC-3′) created by the mt.8344A>G mutation to form a 197 bp and a 26 bp fragment. The PCR
products were loaded onto 1.2% agarose gel in Trisacetate-EDTA (TAE) buﬀer containing 0.01% of SYBR safe
DNA Gen Stain (Invitrogen, Carlsbad, CA, USA). After electrophoresis, the gels were photographed under ultraviolet
light. The heteroplasmy of mt.8344A>G was quantiﬁed by
determining the ratio of 223 bp and 197 bp band intensity
using ImageJ.
2.4. ROS Expression and Protein Oxidative Damage.
Intracellular ROS generation was determined by ﬂow
cytometry, following cell staining with a 6-carboxy-2,7dichlorodihydroﬂuorescein diacetate (DCFDA) (Sigma)
ﬂuorescent probe. DCFDA was converted by oxidation to
highly ﬂuorescent 2′,7′-dichlorodihydroﬂuorescein (DCF),
which was detected at an emission wavelength of 530 nm
with excitation at 485 nm. Cells were washed twice with
PBS and stained with 5 μM DCFDA for 30 min at 37°C. Cell
pellets were collected, washed twice with PBS, and then
resuspended in PBS. Fluorescence was detected using a
FACSCalibur ﬂow cytometer (BD Biosciences, San Jose,
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CA, USA) and analyzed using CellQuest software (Becton
Dickinson, San Jose, CA, USA). For protein oxidative
damage, immunoblot-based detection of carbonyl groups,
which are introduced into proteins by oxidative reactions
with ozone or oxides of nitrogen or by metal-catalyzed
oxidation, were detected using Protein Oxidation Detection
Kit (OxyBlot™, Millipore).
2.5. Western Blot. Cells were lysed in RIPA lysis buﬀer
(50 mM Tris, pH 7.4; 150 mM NaCl; 1 mM phenylmethanesulfonyl ﬂuoride; 1 mM ethylenediaminetetraacetic acid
(EDTA); 1% Triton X-100; 1% sodium deoxycholate; and
0.1% SDS) with the addition of Protease Inhibitor Cocktail
(Roche Diagnostics, Penzberg, Germany) and Phosphatase
Inhibitor Cocktail I (Sigma, St. Louis, MO, USA). The
antibodies used included anti-COX2 (Abcam, Cambridge,
UK), anti-β-actin (Cell Signaling, Danvers, MA), antiOPA1 (Santa Cruz Biotechnology), anti-MFN2 (Santa Cruz
Biotechnology), anti-DRP1 (Santa Cruz Biotechnology),
anti-FIS1 (Santa Cruz Biotechnology), and peroxidaselabeled anti-rabbit IgG (H + L) secondary antibody (Abcam,
Cambridge, UK). The signals were developed using ECL plus
(GE Healthcare Bio-Sciences AB, Uppsala, Sweden) using
X-ray ﬁlms.
2.6. Mitochondrial Membrane Potential. Cationic ﬂuorescent
dye tetramethylrhodamine ethyl ester (TMRE; Sigma,
St. Louis, MO, USA) was used to assess mitochondrial
membrane potential as previously described [24]. Cells were
incubated in 100 nM TMRE for 30 min at 37°C. They were
then washed twice with 1x PBS and ﬂuorescence signal was
examined and photographed by ﬂuorescence microscope.
Fluorescent intensity of the image was exhibited by HeatMap
Histogram, a plugin for ImageJ. For quantitative measurement, cells stained by TMRE or JC-1 (T-3168; Thermo Fisher
Scientiﬁc) were analyzed using ﬂow cytometry.
2.7. Oxygen Consumption Rate (OCR). OCR was monitored
with a Clark electrode (Mitocell S200 micro respirometry
system; Strathkelvin Instruments, Motherwell, UK) as previously described [20]. Cells (100 μl at 5 × 106 cells/ml) in KCl
medium (100 mM KCl, 3 mM MgCl2, 20 mM HEPES, 1 mM
EDTA, 5 mM KH2PO4, pH 7.4) were permeabilized by digitonin (optimal concentration of 32.5 μg/ml determined by
trypan blue staining) and loaded into a 200 μl MT200 Respirometer Chamber, suspended by a ﬁxed speed solid-state
magnetic stirrer inside the chamber, and maintained at
37°C using a circulating water bath. Basal, ADP-activated,
ATP synthase-inhibited, and maximal OCR were determined
by adding 10 mM glutamate and 10 mM malate, 0.2 mM
ADP, 1 μM oligomycin, 1 μM carbonyl cyanide-4-(triﬂuoromethoxy)phenylhydrazone (FCCP), and rotenone.
2.8. ATP Assay. 7.5 × 104 cells were trypsinized, washed, and
resuspended in DPBS (Invitrogen, Carlsbad, CA, USA); supplemented with 2% FBS; and incubated in the presence of
DMSO or oligomycin (Sigma, St. Louis, MO, USA) at37°C
for 2 h. Cells were then collected to determine ATP level
(ATP Assay Kit #K354-100, BioVision, Palo Alto, CA,
USA) according to the manufacturers’ instructions.
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2.9. Mitochondria-Dependent Viability Assay. 2 × 104 cells
were seeded in a 24-well plate with glucose-free DMEM supplemented with 10 mM galactose and 10% FBS at day 0.
Bright ﬁeld cellular morphology was observed under a microscope (Leica, Wetzlar, Germany) at days 1 and 2. Viable cell
number was counted by trypan blue assay. For general proliferative rate, cells were seeded in high-glucose DMEM (Gibco,
Carlsbad, CA, USA) and trypan blue assay was wielded at
days 1 and 2.
2.10. Experimental Procedures for Coculturing and Imaging.
Prior to coculture, mitochondria of WJMSC and cybrid were
traced by 500 nM Mitotracker Red FM (Invitrogen, Carlsbad,
CA, USA) and 100 nM Mitotracker Green FM (Invitrogen,
Carlsbad, CA, USA), respectively, for 45 min at 37°C. After
washing three times with PBS, the cells were trypsinized
and cocultured on glass coverslips for 24 h. The cocultured
cells were then ﬁxed with absolute methanol for 10 min on
ice, followed by nuclear staining using 1 μg/ml Hoechst
33342 (Invitrogen, Carlsbad, CA, USA) for 5 min at room
temperature, and ﬁnally mounting on glass slides for analysis
using a ﬂuorescence microscope (Leica, Wetzlar, Germany).
In an additional experiment using mitochondria-targeted
ﬂuorescent protein, Cox4-DsRed and Su9-EGFP constructed
plasmids were, respectively, transfected into WJMSC and
MERRF cybrids using Lipofectamine3000 Transfection
Reagent (Invitrogen, Carlsbad, CA, USA).
For contact coculture, MERRF cybrid and WJMSC
(5 × 103 cells each) were mixed and grown onto a glass
coverslip in a 35 mm dish. For separated coculture, WJMSC
(upper well) and cybrid (lower well) were separated by
3 μm pore transwell insert system (SPL Lifescience, Pocheon,
Korea). After 24 h, the upper insert was removed and cybrid
in the lower well was analyzed for image, genotyping,
and functions.
2.11. Quantiﬁcation of Mitochondrial Transfer. The interaction of Cox4-DsRed-expressing WJMSCs and Su9-EGFPexpressing ρ0/cybrid cells were facilitated by direct cocultured. After 24 h, mixed cell population was assayed by ﬂow
cytometry. Percentage of mitochondrial transfer was determined by calculating events using the equation below:
upper right/ upper right + upper lef t + lower right × 100%.
2.12. Mitochondrial Morphology. To observe mitochondrial
morphology, cells expressing Cox4-DsRed were seeded
onto a 35 mm glass bottom dish. Images were taken under
a confocal microscope (FluoView FV10i, Olympus). A cell
containing only spherical mitochondria was deﬁned as
fragmented. A cell with mitochondrial length less than
5 μm was deﬁned as short tubular. A cell with mitochondria
more than 5 μm was indicated as long tubular. 50–100 cells
were counted for each cell type. The basis for analyzing
mitochondrial aspect ratio, elongation, and interconnectivity
using ImageJ macro was previously described by Dagda et al.
[26]. Aspect ratio calculated by major/minor axis ratio
was used to determine the roundness of mitochondria.
Mitochondrial elongation was measured by inverse of
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circularity. Mitochondrial interconnectivity was estimated
by area/perimeter ratio.
2.13. Determination of Cell Apoptosis. Annexin V ﬂuorescent
staining was utilized to determine cell apoptosis. Cells were
cultured in medium in the presence of 500 nM staurosporine
(Sigma, St. Louis, MO, USA). After 6 h of treatment, cells
were washed twice with 0.01 M PBS and once with 1x
Annexin V Binding Buﬀer. Cells were then incubated with
Annexin V-FITC diluted 1 : 10 in 1x Annexin V Binding
Buﬀer for 15 min at RT. Annexin V-FITC ﬂuorescence was
immediately observed under a ﬂuorescence microscope
(Leica, Wetzlar, Germany).
For quantitative determination of apoptosis, cells were
harvested with trypsinization at the 90% conﬂuent after
indicated treatment, stained by Annexin V-FITC, and then
assessed for cell apoptosis by ﬂow cytometry (Beckman
Coulter, CA, USA).
2.14. Statistical Analysis. Data collected from at least three
independent experiments are expressed as the mean ± SEM.
Diﬀerences between two data sets were evaluated by two
tailed unpaired Student’s t-test. Statistical tests between
multiple data sets were analyzed using a one-way analysis
of variance (ANOVA) followed by post hoc Bonferroni’s test.
A p value < 0.05 was considered statistically signiﬁcant.

3. Results
3.1. MERRF Cybrid Presents High Level of mtDNA
Mutation Load, ROS Expression and Oxidative Damage,
and Reduced Mitochondrial Bioenergetics. The cytoplasmic
hybrid (cybrid) is generated by fusing cytoplast or isolated
platelet with an mtDNA-depleted ρ0 cell, permitting the
study of the impact of a particular mitochondrial genome
on cellular physiology [27]. Our previous study has demonstrated the successful development of a stable mtDNAdepleted ρ0 cell and the creation of a cybrid cell line [24].
To establish a cybrid cell model harboring either control subjects or MERRF patients, we introduced mitochondria from
control subjects and MERRF patients into mtDNA-depleted
ρ0 cells (Figure 1(a)). Compared to 0% mutation of the control cybrid, the MERRF cybrid harbored more than 90%
mutation of mt.8344A>G (Figures 1(b) and 1(c)). The
MERRF cybrid presented increased intracellular and mitochondrial ROS expression (Figures 1(d), 1(e), and 1(f)) and
a higher abundance of protein carbonylation (Figures 1(g)
and 1(h)), indicating mt.8344A>G and resulting in higher
cellular oxidative stress and damage. As the mitochondrial
membrane potential (ΔΨm) resulting from proton gradient
drives the FoF1-ATP synthase to synthesize ATP, its status
regulates the balance of mitochondrial bioenergetics. To
assess mitochondrial membrane potential, we used ﬂuorescent dye TMRE that is cell permeant, and it speciﬁcally
accumulates in mitochondria with membrane potential.
In addition, ﬂuorescent dye JC-1 normally presenting green
ﬂuorescent forms red ﬂuorescent aggregates when concentrated in active mitochondria and is able to probe change
of mitochondrial membrane potential. The MERRF cybrid
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Figure 1: MERRF cybrid with high rate of mt.8344A>G presented higher level of ROS expression and oxidative damage. (a) Schematic
drawing shows that cybrid is generated by introducing mitochondria-containing human platelet into mtDNA-depleted ρ0 cell.
(b-c) Mt.8344A>G heteroplasmic rate was examined using PCR-RFLP. PCR fragment containing normal mt.8344A was not
digested by Nae I and showed a 223 bp band. Mt.8344A>G mutation was Nae I-cleaved into 197 bp and 26 bp (not shown
in gel). The proportion (%) of mt.8344A>G was quantiﬁed using ImageJ. Quantiﬁed histogram of mt.8344A>G was obtained by three
independent clones. (d–f) Intracellular and mitochondrial ROS expression probed, respectively, by CM-H2DCFH and MitoSOXRed
were imaged by ﬂuorescent microscope and quantiﬁed by ﬂow cytometry. (g) Protein carbonylation was determined using OxyBlot
method. ∗ p < 0 05.
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Figure 2: MERRF cybrid demonstrated defective mitochondrial bioenergetics. (a) Mitochondrial membrane potential probed with TMRE
was imaged using a ﬂuorescence microscope. Heat map reﬂecting the ﬂuorescent intensity was analyzed using ImageJ. (b) Quantitative
TMRE ﬂuorescence was analyzed using ﬂow cytometer. (c) Mitochondrial membrane potential probed with JC-1 was analyzed using ﬂow
cytometer. (d) Representative polarography of OCR measurement. Substrates and inhibitors were sequentially added to cell-containing
oximeter chamber, including glutamate/malate (G/M), ADP (A), oligomycin (O), FCCP (F), and rotenone (R). (e) Basal respiration was
calculated by OCR in the presence of G/M. (f) ADP-stimulated respiration was calculated by OCR in the presence of ADP. (g) Respiration
related to ATP turnover was determined by the diﬀerence between ADP-stimulated OCR and oligomycin-suppressed OCR. (h) Maximal
respiration was calculated by OCR in the presence of FCCP. (i) Respiratory reserve was determined by the diﬀerence between maximal
and basal OCR. (j) ATP level was measured in the presence of DMSO or oligomycin. (k-l) Cytochrome c oxidase subunit 2 (COX2)
expression level was determined using immunoblotting. β-Actin as a loading control. (m-n) Mitochondria-dependent cellular viability was
examined by growing cells in galactose medium. Viable cells were observed under microscope and counted by trypan blue assay.
∗
p < 0 05, signiﬁcantly diﬀerent when compared to indicated group. CT, control. MF, MERRF.

displayed signiﬁcantly abated mitochondrial membrane
potential compared to the control cybrid by heat map
demonstration (Figure 2(a)), as well as cytometric quantitative determination (Figures 2(b) and 2(c)). To examine respiratory capacity, cellular oxygen consumption rate (OCR) was
examined using oxygen electrode chamber. Glutamate/
malate, ADP, oligomycin, FCCP, and rotenone were sequentially added to cell suspension in respirometer chamber. The
presence of digitonin causes the cell membrane to be permeabilized and facilitate entry of water-soluble substrates. Complex I substrate glutamate/malate is used to support basal
respiration. Complex V substrate ADP is used to drive oxidative phosphorylation (OXPHOS). As ATP synthase inhibitor
oligomycin speciﬁcally inhibits Fo portion of mitochondrial
ATP synthase (complex V), the OCR suppressed by oligomycin reﬂects mitochondria-derived ATP turnover. Maximal
respiration can be stimulated by the mitochondrial uncoupler FCCP that uncouples OXPHOS and dissipates the mitochondrial membrane potential [28]. Respiratory reserve can
be accordingly determined by the diﬀerence between maximal and basal respiration. Polarography of oxygen consumption showed that the control cybrid normally consumed
oxygen with an expected pattern in response to each added
reagent, whereas the MERRF cybrid had a greatly diminished
oxygen consumption capacity and did not respond to the
presence of reagents (Figure 2(d)). Accordingly, OCR related
to basal, ADP-stimulated, ATP turnover, and maximal

respiration and respiratory reserve were signiﬁcantly reduced
in MERRF cybrids compared to that in controls (Figures 2(e),
2(f), 2(g), 2(h), and 2(i)). In addition, total ATP level of
MERRF cybrids decreased approximately 80% compared
to control (Figure 2(j)). The presence of oligomycin caused
80% ATP reduction in control cybrids but has no eﬀect on
MERRF cybrids (Figure 2(j)), suggesting that the MERRF
cybrid loses mitochondria-derived ATP production. As
MERRF mt.8344A>G aﬀects the MT-TK gene that encodes
mitochondrial tRNAlys [13], we examined mitochondrial
translation of the MERRF cybrid by analyzing the expression of mtDNA-encoded cytochrome c oxidase subunit 2
(COX2). The MERRF cybrid had a ~65% decrease in
mtDNA-encoded COX2 level compared to the control
cybrid, suggesting insuﬃcient protein translation from
mitochondrial genome (Figures 2(k) and 2(l)). To examine
mitochondria-dependent viability, we employed glucosefree galactose medium in which cells are not able to conduct glycolysis for energy production but exclusively rely
on functional mitochondria to generate energy [29]. Compared to control cybrids, MERRF cybrids showed an
inability to maintain viability in a glucose-free galactose
medium (Figures 2(m) and 2(n)), indicating mt8344A>G,
resulting in mitochondrial dysfunction.
3.2. Mitochondria Transfer from WJMSC to Cells with
Defective Mitochondria. Our previous work has revealed that
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Figure 3: WJMSC transferred mitochondria to MERRF cybrid through a protruded tubular structure. (a) Schematic of contact coculture in
which WJMSC and cybrid cell were transfected, respectively, with Cox4-DsRed and Su9-EGFP to tracking mitochondria. (b) After 24 h of
coculture, images were photographed under ﬂuorescent microscope. Scale bar, 5 μm. (b′) Types of transferred mitochondria. MERRF
cybrids with transferred mitochondria from WJMSC were categorized into concentrated or mixed type. Histogram data are from three
experiments, with 50–100 cells counted per experiment. (c) Mitochondria of WJMSC was transferred via a protruded tubular structure to
MERRF cybrid. Arrow indicates intercellular mitochondrial fusion with yellow signal. Rectangular dotted line was enlarged in (c′).
(c′) Arrowheads indicate that mitochondria of WJMSC was transported along a protruded tubular structure. (d and e) Dot plot of
both channels of FACS revealed percentage of mitochondrial transfer in the upper-right quadrant. (f) Schematic of separate coculture in
which a 3 μm pore membrane divides Cox4-DsRed-expressing WJMSC from cybrid. (g) Mitochondria from WJMSC transmitted through
membrane pore was examined under ﬂuorescence microscope after the upper chamber was oﬄoaded. Percentage of ﬂuorescence-positive
events were counted from 25 to 40 view ﬁelds of at least three experiments. CT, control cybrid; CTRO, control cybrid pretreated with
500 nM rotenone for 24 h; WJ, WJMSC; MF, MERRF cybrid; MF+WJ, MERRF cybrid-plus-WJMSC; WJCB, WJMSC pretreated with
350 nM cytochalasin B for 24 h.

WJMSC is capable of transferring healthy mitochondria to
mtDNA-depleted ρ0 cells and rescues impaired mitochondrial function [20]. In light of this ﬁnding, we therefore tested
whether the mitochondria of WJMSC can be transferred to
the MERRF cybrid. To this end, we employed a contact
coculture system in which mitochondria of both WJMSC
and cybrids were individually traced by red and green ﬂuorescent proteins (Figure 3(a)). Mitochondria-targeted fusion
protein Cox4-DsRed and Su9-EGFP were, respectively,
transfected into WJMSC and cybrids, followed by coculture
(Figure 3(a)). After 24 h, mitochondria distribution was
examined and photographed. As shown in Figure 3(b),
the MERRF cybrid was noted as having received mitochondria from WJMSC (concentrated mitochondria, upper left
panel, Figure 3(b)), mitochondrial mixture was shown by

red-green-merged yellow signal (mixed mitochondria,
upper right panel, Figure 3(b)). Although the concentrated
and mixed mitochondria were simultaneously observed
after 24 h coculture, the concentrated type accounted for
the majority of cases of identiﬁed mitochondrial transfer
(Figure 3(b′)). This phenomenon of intercellular mitochondrial transfer was not seen between WJMSC and the control cybrid (lower left panel, Figure 3(b)). Speciﬁcally,
mitochondrial transfer mediated through protruded tubular
structure was presented (Figures 3(c) and 3(c′)). As F-actincomposed structure can facilitate intercellular transfer of
organelle, vesicles, and proteins [23, 30], we then investigated
its role in WJMSC-derived mitochondrial transfer. To this
end, an F-actin-depolymerizing agent cytochalasin B was
used to treat WJMSC 24 h prior to coculture. As shown in
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Figure 3(b), mitochondrial transfer did not occur from cytochalasin B-treated WJMSC to the MERRF cybrid (lower right
panel, Figure 3(b)). Furthermore, we quantitatively measured
mitochondrial transfer using ﬂow cytometry. EGFP and
DsRed signal were detected using FL1 and FL2 channel.
The overlapping signal in the upper right region of FL1/FL2
dot plot was deﬁned as occurrence of intercellular mitochondrial transfer (Figure 3(d)). In like manner, WJMSC-plusMERRF coculture had a signiﬁcantly higher percentage of
mitochondrial transfer than WJMSC-plus-control coculture
(Figures 3(d) and 3(e)). Also, the percentage of intercellular
mitochondrial transfer between WJMSC and MERRF cybrids
in the presence of cytochalasin B was also abolished
(Figures 3(d) and 3(e)). As the MERRF cybrids in our model
demonstrated impaired mitochondrial respiration, we thus
tested if suppressed mitochondrial respiration plays a role
in WJMSC-derived mitochondrial transfer. To achieve this,
we individually utilized rotenone and mtDNA depletion to
induce mitochondrial dysfunction. Treatment of mitochondrial complex I inhibitor rotenone and mtDNA-depleted
ρ0 cell were shown to cause mitochondrial dysfunction
[20, 24]. As expected, the percentage of mitochondrial transfer of rotenone-treated control cybrids and ρ0 cells signiﬁcantly increased compared to untreated control cybrids in
coculture system with WJMSC (Figures 3(d) and 3(e)). To
further conﬁrm that WJMSC transfers mitochondria through
intercellular connection but not cellular fusion, we designed a
separate coculture system with a 3 μm pore membrane that
can permit intercellular interaction by tubular structure. As
shown in Figure 3(f), WJMSC transfected with Cox4-DsRed
was seeded on the upper chamber with the MERRF cybrid
seeded on the bottom chamber (Figure 3(f)). The MERRF
cybrid, but not the control cybrid, received mitochondria
from WJMSC (Figure 3(g)). WJMSC treated with cytochalasin B was not able to transport mitochondria to the MERRF
cybrid via a 3 μm pore membrane (Figure 3(g)), indicating
that mitochondrial transfer is dependent on F-actincomposed structure. Likewise, the control cybrid treated with
rotenone and the ρ0 cell presented mitochondria transferred
from WJMSC (Figure 3(g)). This result suggests that
impaired mitochondrial functions, such as the status seen
in mt.8344A>G, complex I inhibition, and mtDNA depletion, play a role in mitochondrial transfer from WJMSC.
3.3. Partly Reduced mtDNA Mutation Load by Mitochondrial
Transfer Is Suﬃcient to Mitigate ROS Expression and
Oxidative Damage and Improve Bioenergetics. To inspect
mitochondrial function and cellular performance of the
MERRF cybrid following mitochondrial transfer from
WJMSC, we employed BrdU to remove WJMSC and preserve the MERRF cybrids in coculture system, as WJMSC
could not survive with the presence of BrdU. As described
in our previous work, cybrids with nuclear background of
143B osteosarcoma have defective activity of thymidine
kinase (TK─) and hence present resistance against BrdU
[20]. Then, we cocultured the MERRF cybrid (MF) with
WJMSC (WJ) for seven days, followed by 14 days of BrdU
selection to remove WJMSC. The remaining cells (MF+WJ
cells) should contain normal functional mitochondria and
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143B nucleus background which further demonstrates that
after coculture MERRF cybrids received mitochondrial transfer from WJMSC (Figure 4(a)). MF+WJ cells demonstrated a
partly reduced mtDNA mutation load, whereas WJMSC pretreated with cytochalasin B did not show mitochondrial
transfer to aﬀect mtDNA mutation load (Figures 4(b) and
4(c)). The expression of intracellular and mitochondrial
ROS (Figures 4(d), 4(e), and 4(f)) and abundance of protein
oxidation (Figures 4(g) and 4(h)) were suppressed by the
reduction of mtDNA mutation load. Furthermore, mitochondrial membrane potential of MF+WJ cells was partly
recovered (Figures 5(a), 5(b), and 5(c)). OCR of basal status, ADP-stimulated, ATP turnover, maximal activity, and
respiration reserve of MF+WJ cells were recaptured
(Figures 5(d), 5(e), 5(f), 5(g), 5(h), 5(i), 5(j), and 5(k)). ATP
level of MF+WJ cells was signiﬁcantly recovered and mitochondrial ATPase inhibitor oligomycin caused ATP level to
plummet (Figure 5(l)). MtDNA-encoded COX2 expression
of MF+WJ cells was reversed (Figures 5(m) and 5(n)). In
contrast to the inability of the MERRF cell to survive the
galactose medium, the MF+WJ cell was able to expand
in a glucose-free condition (Figures 5(o) and 5(p)). Moreover, we demonstrated that three lines of WJMSC from different donors were able to rescue mitochondria-dependent
viability of MERRF cells (Figures 5(o) and 5(p)). Notably,
the recaptured mitochondria-dependent viability persisted
for a further 60 days of cultivation, more than 20 passages
(Figures 5(q) and 5(r)). These results indicated that a partly
reduced mtDNA mutation load by mitochondrial transfer
is suﬃcient to mitigate ROS expression and oxidative damage
and improve bioenergetics.
3.4. Improvement of Mitochondrial Bioenergetics and
Oxidative Stress Contributes to Recapture of Mitochondrial
Network and Apoptotic Tolerance. To analyze mitochondrial
network and dynamics, cells were transfected with mitochondrial Cox4-DsRed to display mitochondria. Compared to
that of the control cybrid, the MERRF cybrid predominantly
presented fragmentation of mitochondria (Figures 6(a), 6(b),
6(c), 6(d), and 6(e)). In line with the fragmented shape of
mitochondria, the MERRF cybrid presented decreased
OPA1 and increased FIS1 but no change in MFN2 and
DRP1 (Figures 6(f), 6(g), 6(h), 6(i), and 6(j)). Also, the
MERRF cybrid was more susceptible to apoptosis inducer
staurosporine (STS) than the control cybrid (Figures 6(k)
and 6(l)). Moreover, mitochondrial network, fusion/ﬁssion
protein expression pattern, and STS susceptibility were
recaptured in MF+WJ cells (Figure 6), suggesting that
improvement of mitochondrial bioenergetics and oxidative
stress by mitochondrial transfer contributes to modiﬁcations
in mitochondrial dynamics and apoptotic tolerance.

4. Discussion
Although it has been established that mtDNA mutation
causes MERRF, the MERRF cybrid model was constructed
to conﬁrm the causal relationship between mutation and
mitochondrial dysfunction; a feasible strategy to rescue disease progression remains wanting. Here, we visualized and
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Figure 4: Partly reduced mtDNA mutation load by mitochondrial transfer is suﬃcient to mitigate ROS expression and oxidative
damage. (a) Time course of coculture in which WJMSC and MERRF cybrid interacted for 7 days. Then, WJMSC was eliminated
while MERRF cybrid was preserved in the presence of BrdU for another 14 days. Only cells with defective activity of thymidine
kinase (TK─) can survive. (b-c) Mitochondrial transfer partly altered mt.8344A>G mutation rate, whereas cytochalasin B (CB) blocked the
eﬀect. (d–f) Intracellular and mitochondrial ROS expression probed, respectively, by CM-H2DCFH and MitoSOXRed were imaged with
ﬂuorescent microscope and quantiﬁed by ﬂow cytometry. (g-h) Protein carbonylation was determined using OxyBlot method. ∗ p < 0 05.
CT, control cybrid; WJ, WJMSC; MF, MERRF cybrid; MF+WJ, MERRF cybrid-plus-WJMSC; WJCB, WJMSC pretreated with 350 nM
cytochalasin B for 24 h.

quantiﬁed that WJMSC is able to conduct mitochondrial
transfer along with wild-type mtDNA into the mt.8344A>G
harboring the MERRF cybrid, resulting in a partial reduction of mtDNA mutation load, oxidative stress, and mitochondrial bioenergetics. Following improved mitochondrial
function, the MERRF cybrid presents amelioration in
mitochondria-dependent cellular viability, mitochondrial
networks and dynamics, and antiapoptosis resistance. These
results indicate a possible therapeutic strategy for managing
MERRF syndrome.
There is some evidence revealing that exogenous
donation of normal mitochondria is able to improve

mitochondrial disorders that are caused by either mtDNA
mutation or stress. Peptide-mediated mitochondrial delivery has been shown to be eﬀectively transferred into
human cells harboring mt.8344A>G in vitro and to
improve mitochondrial protein synthesis, bioenergetics,
biogenesis, dynamics and calcium homeostasis, while
reducing ROS generation [31, 32]. Intercellular mitochondrial transfer via tunneling nanotubes is able to rescue UVdamaged rat pheochromocytoma cells from apoptosis
in vitro. In addition, mitochondrial transfer from BMMSC
to LPS-damaged lung alveolar epithelia in vivo signiﬁcantly reduces acute lung injury and increases alveolar
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Figure 5: Partly reduced mtDNA mutation load by mitochondrial transfer is suﬃcient to improve mitochondrial bioenergetics long term.
(a) Mitochondrial membrane potential probed with TMRE was imaged using a ﬂuorescence microscope. Heat map reﬂecting the ﬂuorescent
intensity was analyzed using ImageJ. (b) Quantitative TMRE ﬂuorescence was analyzed using ﬂow cytometer. (c) Mitochondrial membrane
potential probed with JC-1 was analyzed using ﬂow cytometer. (d–f) representative polarography of OCR measurement. Substrates and
inhibitors were sequentially added to a cell-containing oximeter chamber, including glutamate/malate (G/M), ADP (A), oligomycin (O),
FCCP (F), and rotenone (R). (g) Basal respiration was calculated by OCR in the presence of G/M. (h) ADP-stimulated respiration
was calculated by OCR in the presence of ADP. (i) Respiration related to ATP turnover was determined by the diﬀerence
between ADP-stimulated OCR and oligomycin-suppressed OCR. (j) Maximal respiration was calculated by OCR in the presence of FCCP.
(k) Respiratory reserve was determined by the diﬀerence between maximal and basal OCR. (l) ATP level was measured in the presence of
DMSO or oligomycin. (m-n) Cytochrome c oxidase subunit 2 (COX2) expression level was determined using immunoblotting. β-Actin as
a loading control. (o–r) Mitochondria-dependent cellular viability was examined by growing cell in galactose medium. Viable cells were
observed under microscope and counted by trypan blue assay. ∗ p < 0 05, signiﬁcantly diﬀerent when compared to indicated group.
CT, control; MF, MERRF; MF+WJ, MERRF cybrid-plus-WJMSC.

bioenergetics, as well as improves survival rate [21].
Recently, we also found that human WJMSC demonstrates
the capability to transfer mitochondria to mtDNA-devoid
cells and recapture mitochondrial protein synthesis and
bioenergetics. In this study, we observed the transfer of mitochondria from WJMSC to MERRF cybrids which mitigated
mtDNA mutation load, oxidative stress, and mitochondrial
bioenergetics. Thus, our study provides further support for

the notion that successful delivery of normal mitochondria
along with mtDNA can rescue mitochondrial dysfunction.
MtDNA heteroplasmy is a critical contributor to the
severity of mitochondrial diseases. Our results demonstrate
that mitochondrial transfer was coupled with mtDNA transfer, which partly reduced mt.8344A>G mutation load. This
reduced mtDNA mutation burden may contribute to the
enhancement of translation of mtDNA-encoded protein.
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We reason that corrected mitochondrial translation assists
respiratory enzyme complex to perform mitochondrial bioenergetics, such as facilitating electron transport, generating
mitochondrial membrane potential, oxygen consumption,
and ATP production through oxidative phosphorylation.
Accordingly, the clinical application of WJMSC for MERRF
and other mitochondrial disease patients may oﬀer potential
for the development of therapeutic treatment. Besides cells
harboring mt.8344A>G, we also demonstrated that WJMSC
transfers mitochondria to cells exposed to mitochondrial
complex I inhibitor rotenone, as well as those with depleted
mtDNA. That may raise the prospect that WJMSC possesses
therapeutic potential for other diseases associated with mitochondrial disorders, such as Parkinson disease, Huntington
disease, and metabolic diseases.
Whether the eﬀect of mitochondrial transfer can persist
for the long term may be a critical issue for the development
of future clinical applications. Chang and colleagues showed
that the eﬀect of peptide-mediated mitochondria delivery to
MERRF cells can be maintained for at least 21 days [32].
Here, we demonstrated that mitochondrial transfer from
WJMSC to the MERRF cell sustains for at least 60 days,
and aerobic viability of rescued MERRF cells still remains
intact. These ﬁndings imply that the MERRF cell is likely to
preserve transferred mtDNA without immediately removing
exogenous mtDNA. Interestingly, Cho et al. demonstrated
that bone marrow mesenchymal stem cells can transfer mitochondria to ρ0 cells but not to cybrid cells harboring the
pathogenic mutation of mt.3243A>G and 4977 bp deletion.
Although the issue of whether bone marrow mesenchymal
stem cells can transfer mitochondria to MERRF cells is not
investigated in Cho’s study, the mechanism receiving exogenous mitochondria may be diﬀerent between mt.8344A>G
and mt.3243A>G/4977 bp deletion. On the other hand, the
possibility that WJMSC may possess a superior ability to
transfer mitochondria cannot be ignored. In this regard,
Lund et al. have shown that WJMSCs exhibited superior
eﬃcacy than bone marrow mesenchymal stem cells in rescuing the photoreceptor after transplantation into the rodent’s
eyes [33]. More studies are required to determine the eﬃciency and rescue eﬀect of WJMSC compared to those of
other cell sources.
Mitochondrial matrix-localized ﬂuorescent protein
facilitates the surveillance of mitochondrial transfer, as well
as fusion status of mitochondria from two cellular origins.
We employed matrix-localized Cox4-DsRed and Su9-EGFP
to demonstrate not only intercellular mitochondrial transfer
but also the integrating status of both mitochondria
(Figure 3). We observed two distinct patterns of transferred
mitochondria, concentrated and mixed mitochondria, which
take place simultaneously, with the concentrated pattern as
the majority (Figures 3(b) and 3(b′)). In this regard, concentrated and mixed presentations indicate incomplete and full
fusion of both mitochondria, respectively. We reason that
transferred mitochondria from WJMSC in an earlier phase
are yet to fuse with MERRF cybrid’s mitochondria, demonstrating a concentrated appearance; whereas in a later phase,
both mitochondria undergo full fusion, resulting in a mixed
appearance. As a result, the reciprocal fusion may allow
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modiﬁcation of mtDNA heteroplasmy. Accordingly, the
reduction of mtDNA mutation load in MERRF cybrid receiving mitochondrial transfer veriﬁes the sustainability of
WJMSC mtDNA (Figures 4(b) and 4(c)).
WJMSC exhibits similar basic hallmarks of adult MSCs,
such as surface markers, morphology, and multipotency to
diﬀerentiation [34]. Adult MSCs, such as bone marrow
MSC and adipocyte-derived MSC, have been shown to
conduct mitochondrial transfer to restore cellular viability
[21, 35, 36]. However, the procedure to obtain adult MSC is
highly invasive and not frequently acceptable for healthy
donors. Unlike adult MSC, WJMSC is derived from the
umbilical cord, which is a natural form of waste resulting
after birth and free from additional invasive procedures. This
makes WJMSC a more accessible source of stem cells for use
in clinical and experimental applications. Harvesting
WJMSC allows for a rapid initial isolation of larger cell numbers and growth of WJMSC demonstrates shorter doubling
time compared to BMMSCs [37, 38]. Of note, the immunomodulatory properties of WJMSC that avoids graft-versushost disease and permits transplanted cells to survive long
term [39] allow for possible immunosuppressant-free management following xenograft transplantation. Additionally,
the inability of WJMSC to perform attachment-free colony
formation and invasiveness in vitro implies that it is devoid
of tumorigenic potential [20]. These advantages thus facilitate the further development of WJMSC-based therapy and
may pave the way for future clinical application.
With reference to the mechanisms accounting for mitochondrial transfer, previous studies have suggested that the
induction of mitochondrial dysfunction and the formation
of F-actin-containing tunneling nanotubes may play a role.
In this regard, Ahmad et al. demonstrated that mitochondrial
dysfunction in epithelial cell injury induced by mitochondrial complex I inhibitor rotenone can be rescued by
BMMSC-derived mitochondrial transfer via intercellular
F-actin-containing tubular structure [22]. Knockdown
tunneling nanotube-formatting protein TNFAIP2 abolished
mitochondrial transfer and lead to a substantial reduction
of therapeutic eﬀect [22]. On the other hand, Wang and
Gerdes have shown that UV light-stressed pheochromocytoma cells form tunneling nanotubes that communicate with
healthy cells and facilitate mitochondrial transfer to prevent
UV stress-induced apoptosis [23]. F-actin-depolymerizing
agent cytochalasin B abolished intercellular formation of
tunneling nanotubes and accordingly blocked mitochondrial
transfer and antiapoptosis eﬀect [23]. In our study, mitochondrial transfer from WJMSC is able to rescue mitochondrial dysfunction caused by the mt.8344A>G mutation in
MERRF cells. We demonstrated the occurrence of mitochondrial transfer by observing and quantifying ﬂuorescence mitochondria in a contact coculture system, as well
as a separated coculture system which permits tubular
structure-mediated communication without cell-cell contact.
In addition, mitochondrial transfer from WJMSC occurred
when cocultured with cells stressed with rotenone and those
devoid of mtDNA but not cells with functional mitochondria. Moreover, cytochalasin B pretreatment to WJMSC
abolished the mitochondrial transfer and subsequent rescue
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Figure 7: Graphic summary: WJMSC is capable of transferring healthy mitochondria to MERRF cybrid and reduces mtDNA mutation
burden. Improved mtDNA mutation burden leads to amelioration in ROS generation, oxidative damage, and mitochondrial bioenergetics.
The therapeutic eﬀect of mitochondrial transfer also contributes to elongated network of mitochondria and apoptotic resistance.

eﬀect. These results support the notion that induction of
mitochondrial dysfunction and the formation of F-actincontaining tunneling nanotubes play a role in the process of
mitochondrial transfer.
In addition to bioenergetics, the mt.8344A>G mutation
in MERRF cells also leads to higher oxidative stress. MERRF
cybrids and ﬁbroblasts were reported to present increased
intracellular H2O2 and oxidation-related markers [15].
Higher oxidative stress may render the MERRF cell more
sensitive to the apoptotic inducer staurosporine, as shown
in our study. In this regard, perturbed calcium homeostasis
induced by mt.8344A>G-associated mitochondrial dysfunction and subsequent altered activity of calpain protease play
a role in the hypersensitivity of MERRF cells to staurosporine
[40]. As well, induced oxidative stress caused mitochondrial
fragmentation [41], whereas OPA1 overexpression reduces
intracellular oxidative stress and cellular apoptosis [42], suggesting the existence of mutual regulation between mitochondrial dynamics and oxidative stress. Our study reveals
that the MERRF cybrid receiving WJMSC-derived mitochondrial transfer exhibited a reduced ROS level, increased
mitochondrial fusion-network and profusion manner of
dynamic protein, and enhanced resistance against apoptotic
stress. We reason that improved mitochondrial bioenergetics
through the reduction of heteroplasmic mtDNA mutation
load following mitochondrial transfer plays a role in remodeling the elongated morphology of mitochondria. Indeed,
OPA1-mediated mitochondrial fusion required functional
OXPHOS [43]. We show that the MERRF cybrid with
impaired OXPHOS presents reduced OPA1 and increased

FIS1 expression along with fragmented mitochondria. After
mitochondrial transfer, the corrected OXPHOS activity of
the MERRF cybrid may contribute to a recovered OPA1/
FIS expression pattern, which is then responsible for elongated morphology of mitochondria. Consistent with our
data, Chang et al. have demonstrated that fragmentation of
mitochondria network and decreased OPA1/increased FIS1
expression were caused by the mt.8344A>G mutation in
MERRF cybrids, while mitochondrial transfer conducted by
peptide-mediated mitochondrial delivery restored the network morphology and OPA1/FIS expression [31].
This study provides evidence for successful mitochondrial transfer from WJMSC to MERRF cybrids and its subsequent rescue eﬀect in the changes to mtDNA mutation load,
oxidative stress, bioenergetics, mitochondrial dynamics, and
antiapoptotic resistance (Figure 7). We propose a new stem
cell-based mitochondrial transfer resource for rescuing cells
with mitochondrial disorders, which oﬀers promise for the
further development of treatment for mitochondrial diseases.
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Excessive reactive oxygen species is the major component of a harsh microenvironment after ischemia/reperfusion injury in human
tissues. Combined treatment of N-acetyl-L-cysteine (NAC) and L-ascorbic acid 2-phosphate (AAP) promoted the growth of
human mesenchymal stem cells (hMSCs) and suppressed oxidative stress-induced cell death by enhancing mitochondrial
integrity and function in vitro. In this study, we aimed to determine whether NAC and AAP (termed MCA) could enhance the
therapeutic potential of hMSCs. We established a coculture system consisting of MCA-treated and H2O2-treated hMSCs and
investigated the role of tunneling nanotubes (TNTs) in the exchange of mitochondria between the 2 cell populations. The
consequences of mitochondria exchange were assessed by ﬂuorescence confocal microscopy and ﬂow cytometry. The results
showed that MCA could increase the mitochondrial mass, respiratory capacity, and numbers of TNTs in hMSCs. The
“energized” mitochondria were transferred to the injured hMSCs via TNTs, the oxidative stress was decreased, and the
mitochondrial membrane potential of the H2O2-treated hMSCs was stabilized. The transfer of mitochondria decreased the
expression of S616-phosphorylated dynamin-related protein 1, a protein that dictates the fragmentation/ﬁssion of mitochondria.
Concurrently, MCA also enhanced mitophagy in the coculture system, implicating that damaged mitochondria were eliminated
in order to maintain cell physiology.

1. Introduction
Human mesenchymal stem cells (hMSCs) are multipotent
cells isolated from adult tissues and possess the potential
to diﬀerentiate into various cell types [1–3]. Recently,
hMSCs have been tested in rescuing tissue injuries,
including ischemia/reperfusion injuries of the heart, kidney, and brain [4, 5]. Ischemia/reperfusion injuries caused
complex pathology in these tissues. Among them, overproduction of reactive oxygen species (ROS) in the
injured tissues usually decrease the viability of engrafted
MSCs after transplantation [6]. ROS are highly reactive
molecules and are derived from the metabolism of oxygen. Mitochondria are the primary sources of ROS in
eukaryotic cells, and excessive ROS in mitochondria usually
cause damages to mitochondria and subsequently trigger

mitochondrion-mediated cell death [7, 8]. It is thus important to increase the viability of hMSCs when transplanting
them into injured tissues.
Recently, a tubular and thin membranous structure
named tunneling nanotubes (TNTs) have been described
to serve as channels transporting intracellular components between connected cells in vitro and in vivo [9].
These cellular components range from cytoplasm, ions,
lipid droplet, viral and bacterial pathogens, and organelles (including mitochondria and lysosomes as well)
[10–12]. TNTs can be found in various cell types, such
as vascular smooth muscle cells, endothelial cells, and
MSCs and cancer cells, and have been implicated to be
beneﬁcial in the repair of injured cells/tissues by
exchange of functional mitochondria through TNTs after
cell therapy [9, 13, 14].
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In our previous studies, we demonstrated that combined
treatment of N-acetyl-L-cysteine (NAC) and L-ascorbic acid
2-phosphate (AAP) oﬀered several advantages in human
adipose-derived MSCs: (1) NAC and AAP-pretreatment promotes hMSCs proliferation and maintains its stemness; (2)
NAC and AAP-pretreatment suppresses oxidative stressinduced cell death by enhancing mitochondrial integrity
and functions [15, 16]. In this study, we aimed to determine
whether NAC and AAP-pretreatment could enhance the
therapeutic potential of hMSCs. The medium that contained both antioxidants was named mesenchymal stem cell
adjuvant (MCA). We established a coculture system that
consisted of MCA-treated and H2O2-treated hMSCs and
investigated the formation of TNTs and the exchange of
mitochondria between the 2 cell populations. The consequences of mitochondria exchange were assessed by ﬂuorescence confocal microscopy and ﬂow cytometry after staining
the cells with mitochondrion-speciﬁc ﬂuorescent dyes.

2. Materials and Methods
2.1. Isolation and Maintenance of Human Adipose TissueDerived MSCs. Adipose tissue was procured from a donor
who underwent liposuction with written informed consent
(Buddhist Tzu Chi General Hospital Internal Review Board#
IRB102-130). The human adipocyte-derived MSCs were
isolated using our previously published method [15]. The
hMSCs were cultured in a medium that consisted of Iscove’s
modiﬁed Dulbecco’s medium (IMDM; GIBCO-Invitrogen
Co.), 10% FBS (MSC-Qualiﬁed, GIBCO-Invitrogen Co.),
10 ng/mL FGF-2 (R&D Systems), and 2 mM L-glutamine
and adjusted to contain 0.1 M sodium bicarbonate at 37°C
in a humidiﬁed incubator containing 5% CO2 and 95% air.
All experiments were performed using hMSCs cultured
between passages 3 to 6.
2.2. Oxygen Uptake Measurement. Mitochondrial oxygen
consumption was measured using Oxygraph-2k according
to the manual provided by the manufacturer (Oroboros
Instruments Corp., Austria, http://wiki.oroboros.at/index.
php/O2k-Protocols:_MitoPathways). The electrode was calibrated between 0 and 100% saturation with atmospheric
oxygen at 37°C. In brief, respiration was measured at 37°C
in 2 mL glass chambers. Cells were harvested by trypsinization, followed by centrifugation, and the cell pellet was resuspended in PBS for analysis. Maximal oxidative capacities
(state 3) were determined in the presence of oxygen content
of room air (21%). Respiration rates were calculated as the
time derivative of oxygen measured in the closed respirometer and expressed per million viable cells. The ampliﬁed
signal was recorded in a computer with online display of
the calibrated oxygen concentration and oxygen ﬂux (DatLab
software for data acquisition and analysis; Oroboros
Instruments, Innsbruck, Austria). Oxygen consumption is
expressed as pmol O2/s/mg of mitochondrial protein. The
reaction chamber was ﬁlled with ~1 × 106 indicated cells,
and the oxygen consumption rate (OCR) of each respiratory
complex was measured after addition of appropriate
substrates, respiratory inhibitors (2 μM rotenone, 2 μM
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antimycin A, 0.5 μM oligomycin), and mitochondrial uncoupler FCCP (2 μM).
2.3. Mitochondrial Dehydrogenase Activity Assay. Mitochondrial dehydrogenase activity was analyzed using
WST-8 (2-(2-methoxy-4-nitrophenyl)-3-(4-nitrophenyl)-5(2,4-disulfophenyl)-2H-tetrazolium; CCK-8 Cell Counting
Kit-8, Enzo Sci. Inc., US) that produces a highly water soluble formazan dye upon biochemical reduction at the
presence of an electron carrier, 1-methoxy-PMS. At the
end of various treatments, 10 μL of the CCK-8 reagent
was added to each well and incubated at 37°C for additional
4 h. Absorbance at 450 nm was recorded by an ELISA
microplate reader.
2.4. Cell Treatments. The MCA consisted of 2 mM NAC
(Sigma) and 0.2 mM AAP (L-ascorbic acid 2-phosphate sesquimagnesium salt hydrate, Sigma). The cells cultured in
medium without NAC and AAP were used as the normal
control. Generally, for MCA protection experiments, the
hMSCs were treated with MCA for 24 h and H2O2 (Sigma)
for 4 h.
2.5. Detecting Mitochondria Transfer in Coculture System.
The mitochondria of the healthy hMSCs were labeled with
MitoTracker Red (Molecular Probes), and the mitochondria
of the H2O2-treated hMSCs were labeled with Mitotracker
Green (Molecular Probes) according to the manufacturer’s
instructions. To induce mitochondrial dysfunction, hMSCs
were treated with 0.5 mM H2O2 for 4 h, while the healthy
cells were cultured in control medium or MCA medium
for 24 h. The injured cells were then cocultured at a 1 : 1
ratio with the control or MCA-treated hMSCs, respectively. Cells were observed under confocal microscopy
(LSM510 Meta, Carl Zeiss) at an indicated time after
coculture.
2.6. Quantiﬁcation of Mitochondria Transfer. Healthy cells
were labeled with 5-carboxyﬂuorescein diacetate (CFDA,
Thermo Fisher Scientiﬁc) before 1 : 1 coculture with
H2O2-treated hMSCs. The mitochondria of the control or
MCA-treated hMSCs were stained with MitoTracker Red
before 1 : 1 coculture. After 24 h coculture, all cells were
harvested and subjected to ﬂow cytometric analysis (BD
FACSCalibur, US). The transfer of mitochondria was
quantitated in the R2-gated CFDA-free cells. The appearance of MitoTracker Red ﬂuorescence in the gated cells
were supposed to be transferred from the control or
MCA-treated hMSCs.
2.7. Determination of Mitochondrial Membrane Potential
(ΔΨm), ROS, and Mass. Cells from each experimental condition were stained with JC-1 reagent (for ΔΨm, 5 μM), MitoSOX Red (for mitochondrial ROS, 5 μM), and MitoTracker
Green (for mitochondrial mass, 0.1 μM) (all purchased from
Molecular Probes), at 37°C for 30 min. Cells were washed
twice with PBS, harvested, resuspended in PBS, and subjected
to cytometric analysis (BD FACSCalibur, US).
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2.8. Western Blotting Analysis. Cells were harvested after various treatments, and the expressions of each indicated proteins were densitometrically quantitated after SDS-PAGE
and immunoblotting [16].
2.9. Quantiﬁcation of TNTs. Fluorescent staining of actin was
done with phalloidin 633 (4 units/mL, Molecular Probes) in
culture medium containing 0.05% Triton X. The staining
was performed on live cells with 15 min incubation at 37°C
prior to ﬁxation. The number of TNTs in the actin-labelled
populations was counted and expressed as the number of
TNTs per 100 cells.
2.10. Antibodies and Inhibitors. Anti-dynamin-related protein 1 (Drp-1, #5931), anti-phospho-Drp-1 Ser616 (#53455)
were purchased from Cell Signaling Technology (MA, US).
The antimitofusin-2 (Mfn2) was from GeneTex (GTX102055,
GeneTex Inc., US). Anti-β-actin (A5411) was purchased from
Sigma. To inhibit gap junctions as well as microtubule polymerization, the coculture medium was loaded with 50 μM
nocodazole (M1404, Sigma).
2.11. Statistical Analysis. The intensity of bands in Western
blots or ﬂuorescence in ﬂuorescent-micrographs were quantiﬁed using AlphaDigiDoc software (Cell Biosciences, ON,
Canada), ImageJ software (NIH), and MicroP software [17].
All values are expressed as the mean ± the standard error of
the mean (SEM) and were analyzed using Student’s t-test
with two-tailed distribution between groups as indicated in
the ﬁgures. All calculations were performed by Microsoft
Excel 2010.

3. Results
3.1. MCA Promotes Mitochondrial Biogenesis in hMSCs. The
overall mitochondrial dehydrogenase activity of hMSCs
was measured at 24 h after MCA treatment. The mitochondrial dehydrogenase activity of the MCA-treated
hMSCs was 65.6% higher than that of the nontreated control hMSCs (Figure 1(a)). Concurrently, the mitochondrial
mass of the MCA-treated cells was 143.5% larger than the
nontreated cells (Figure 1(b)). The total cell number of
both groups at 24 h did not diﬀer much (Figure 1(c)).
We next observed the mitochondrial network using confocal microscopy: the mitochondria were vitally stained with
ﬂuorescent dye, MitoTracker Red. We found that the morphology of mitochondria were markedly altered after MCA
treatment in hMSCs (Figure 1(d)). The changes of mitochondrial morphology were stratiﬁed with MicroP software [17]. The mitochondria were classiﬁed into ﬁve
types according to the characteristics of their morphology:
small globules, linear tubules, loops, branched tubules, and
twisted tubules. The globular mitochondria decreased from
40.7% to 25.2%, while branched and tubular mitochondria
increased from 22.7% and 33.8% to 31.1% and 45.1%,
respectively. (Figure 1(e), upper panel). In addition, we also
noted that the average length of the mitochondria in MCAtreated cells signiﬁcantly outscored those without treatment
(Figure 1(e), lower panel, linear: 22.0 pixels versus 13.9

3
pixels; branched: 25.7 pixels versus 15.5 pixels). The width
of the mitochondria did not diﬀer in both treatments.
The cellular bioenergetics was also evaluated in hMSCs
after treatment with MCA for 24 h. Marked reduction of
mitochondrial respiration was observed in H2O2-treated cells
as compared to the control and MCA-treated cells
(Figure 1(f)). The mitochondrial respiration eﬃciency of
hMSCs were signiﬁcantly improved after MCA treatment
as compared to the control or monotreated cells (NAC or
AAP alone).
3.2. MCA Enhances TNT Formation. Previous studies have
shown that cellular components can be transported between
two separated cells by TNTs. Cytoplasm exchange, which
includes mitochondria as well, occurs when TNTs form.
The mitochondria from healthy hMSCs and injured hMSCs
were labeled with MitoTracker Red and MitoTracker Green,
respectively. Both cells were subjected to 1 : 1 coculture. The
formation of intercellular TNTs between the donor and
recipient cells enabled mitochondrial exchange through the
TNTs (Figure 2(a)). After 24 h coculture, most of the mitochondria were found in the recipients, that is, the H2O2treated cells, and contained both MitoTrackers (Figure 2(a),
yellow insets). Selected (x-y) sections, obtained from confocal
microscopy, and 2.5-dimensional reconstructions (as represented in Figure 2(b)) allowed us to identify the transport
of mitochondria as the two ﬂuorochromes were from the
same plane.
We next investigated whether the formation of TNTs
between the donors and recipients could be enhanced by
MCA treatment. Figures 3(a) and 3(b) clearly demonstrated
that the numbers of TNTs increased signiﬁcantly after
MCA treatment, while they decreased dramatically when
microtubule-disrupting agent nocodazole (50 μM) was
included in the medium during the coculture period. MCA
treatment also led to an increased number of long TNTs
(Figures 3(c) and 3(d)). The average lengths of TNTs were
53.5 μm and 28.5 μm in coculture containing MCA-treated
and control hMSCs, respectively (Figure 3(d)). Moreover,
the TNTs that were more than 50 μm in length was
35.7% in the coculture containing MCA-treated hMSCs
(Figure 3(e)). Interestingly, MCA also increased the numbers
of TNTs that connected two or more cells when compared
to the non-MCA-treated coculture (44% versus 34%,
Figure 3(b)).
3.3. MCA Enhances Mitochondrial Transfer. We also
observed not only that MCA increased the number and length
of TNTs (Figure 3) but also that the morphology of the mitochondria was diﬀerent between the MCA-treated and control
cells. In Figures 4(a) and 4(b), the MitoTracker Red-labeled
mitochondria from the MCA-treated hMSCs were much longer than those from the control. Interestingly, the mitochondria that resided along the TNTs were predominantly labeled
with MitoTracker Red (Figure 4(b), also in Figure 2(a)). In
order to make sure that the mitochondria were transferred or
originated from the healthy hMSCs, we labeled the healthy
hMSCs with or without MCA-treatment with MitoTracker
Red (for mitochondria labeling) and CFDA (for cell labeling)

4

Oxidative Medicine and Cellular Longevity
400
⁎⁎

200
150
100
50
0

Ctrl

⁎

300
200
100
0

MCA

(a)

Ctrl

n.s.
2 × 106

1 × 106

0

MCA

Ctrl

(b)
Subtypes

MCA

(c)
80

Enlarged

Ctrl

Mito.
subtypes (%)

MitoTracker

3 × 106
Cell density (cell/cm2)

Mito. mass (% of Ctrl)

Mito. dehydrogenase
activity (% of Ctrl)

250

60

⁎

40

⁎

⁎

20
0
Globular
Tubular
Branched
Mito.
length (pixel)

MCA

40

Small globules
Linear tubules
Loops

30

⁎

20
10

Branched tubules
Twisted tubules

0

Ctrl
Tubular
Branched

(d)
Oxygen consumption
(% to Ctrl)

MCA

(e)

Basal respiration
240

200

180

150

120

100

60

50

Maximum respiration
⁎⁎

0

⁎⁎

0
Ctrl

Ctrl

MCA NAC AAP H2O2

MCA NAC

ATP production

AAP

H2O2

Spare capacity
200

Oxygen consumption
(% to Ctrl)

⁎

200

⁎

160

150

120

100

80

50

40

⁎
⁎⁎⁎

0

0
Ctrl

MCA NAC AAP H2O2

–40

Ctrl

MCA NAC

AAP

H2O2

(f)
Figure 1: MCA improved mitochondrial biogenesis and bioenergetics in hMSCs. Mitochondrial dehydrogenase activity (a) and
mitochondrial mass (b) of hMSCs treated with or without MCA for 24 h was assessed by CCK-8 assay and ﬂow cytometric analysis of
MitoTracker Red-labeled mitochondria, respectively. (c) The cell density of hMSCs with or without MCA treatment for 24 h was assessed by
counting the harvested cells and normalized to the area of the culture ﬂask. (d) The mitochondria of the hMSCs with or without MCA
treatment were labeled with MitoTracker Red and subjected to confocal microscopy. The mitochondria were classiﬁed using MicroP software
according to their morphology: small globules, linear tubules, loops, branched tubules, and twisted tubules. Three major types of
mitochondria were quantiﬁed: globular, tubular, and branched ((e), upper panel), as well as their total length ((e), lower panel). (f)
Mitochondrial bioenergetics of the indicated cells was determined by oxygen consumption rate (OCR) using Oroboros Oxygraph-2k
analyzer. The MCA consisted of 2 mM NAC and 0.2 mM AAP. The concentrations of NAC and AAP were 2 mM and 0.2 mM, respectively, in
monotreatments. OCR measured at basal respiration (upper left), maximal respiration (upper right), ATP-coupled respiration (lower left),
and spare capacity (lower right) were shown. ∗ p < 0 05, ∗∗ p < 0 01, ∗∗∗ p < 0 001, as compared to the control (Ctrl); n.s., not signiﬁcant.
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Figure 2: Mitochondria transfer was enhanced in hMSCs after MCA treatment. (a) Representative images of mitochondria transfer to H2O2treated hMSCs from hMSCs with (right panel) or without (left panel) MCA treatment. The MitoTracker Red-labeled mitochondria from the
healthy hMSCs were also clearly seen in TNT formed between the recipient and donor (inset i). Both MitoTracker Red- and Green-labeled
mitochondria were found in the recipient cells (inset ii). The Pearson correlation coeﬃcient are also shown to demonstrate the colocalization
of the MitoTracker Red and Green labelled mitochondria after coculture [30]. The results showed that the colocalization coeﬃcient in the (ii)
of upper panel (24 h coculture of control hMSCs and H2O2-treated hMSCs) is 0.594, while that in the (ii) of lower panel (24 h coculture of
MCA-treated hMSCs and H2O2-treated hMSCs) is 0.908. The colocalization coeﬃcient can be further represented as pseudocolor changes:
orange dots represent highly overlapping, while purple dots represent no overlapping. A 2.5-dimensional ﬂuorescence reconstruction
analysis of the respective images in (a) further conﬁrmed that the red ﬂuorescence was predominantly found in the TNT form between
MCA-treated hMSCs and H2O2-treated hMSCs (b). Scale bar: 20 μm.

and cocultured these cells with H2O2-treated hMSCs. After
24 h incubation, the total cells were harvested and subjected
to ﬂow cytometric analysis. The CFDA-free cells, that is, the
H2O2-treated hMSCs, were gated and the ﬂuorescence of
MitoTracker Red was measured. The transfer of the MitoTracker Red-mitochondria from the MCA-treated cells significantly increased when compared to the control (30.5% versus
16.3%, Figure 4(c), right panel).
3.4. MCA-hMSCs Rescue Injured Cells by Reducing Oxidative
Stress. We next determined whether this mitochondrial

transfer/donation was associated with reduction of oxidative
stress. Oxidative stress was assessed by measuring mitochondrial ROS using MitoSOX Red (Figure 5(a)). In this experiment, the healthy cells were labeled with CFDA before
coculture. After 24 h incubation, all cells were harvested,
stained with MitoSOX Red, and subjected to ﬂow cytometric
analysis. Coculture with MCA-treated hMSCs markedly
decreased the ROS level in the mitochondria of the recipient
cells as compared to that of the control hMSCs (Figure 5(b),
32.4% versus 15.2%), whereas the ROS level in the donors’
mitochondria (with or without MCA treatment) did not

6

Oxidative Medicine and Cellular Longevity
100%

Cocultured with H2O2-hMSCs

–Noco

Number of TNTs/
100 cells (%)

MCA-hMSCs

hMSCs

44

49

40

17

16

+
–
+
–

–
+
+
–

24

23

74

77

50%
25%

0%
hMSCs
MCA-hMSCs
H2O2-hMSCs
Nocodazol

+Noco

34
75%

+
–
+
+

–
+
+
+

No connection
Signal connection
Multiple connections

(a)

(b)
MCA-hMSCs

hMSCs + H2O2-hMSCs

+ H2O2-hMSCs

125 휇m
휇m
416

(c)
⁎
500

Distribution of long & short
TNTs per cell (%)

–

+

Cocultured with
H2O2-hMSCs

(d)

35.7

60
40
91.4

64.3

20

0
MCA

0
MCA

80

–

50

8.6

+

Average length of TNTs (휇m)

100

150
100

Cocultured with
H2O2-hMSCs
>50 휇m
<50 휇m

(e)

Figure 3: MCA enhanced TNT formation after coculture. TNTs decreased when microtubule-disrupting agent nocodazole (50 μM) was
included in the coculture system (a). The number of TNTs were enumerated and classiﬁed per 100 cells, and the proportion of TNTs that
connected multiple cells increased from 34% to 44% after MCA treatment (b). Nocodazole almost disrupted multiple connected-TNTs in
the coculture system. A representative image of long TNT after MCA treatment in the coculture system is shown in (c). The average
length of TNTs formed in coculture containing H2O2-treated hMSCs and hMSCs with or without MCA were 53.5 μm and 28.5 μm,
respectively (d). TNTs that were more than 50 μm in length was 35.7% in the coculture containing MCA-treated and H2O2-treated
hMSCs as compared to only 8.6% in the non-MCA-treated hMSCs coculture (e). ∗ p < 0 05, as compared to the non-MCA-treated hMSCs
coculture. Scale bar: 20 μm.

diﬀer much (Figure 5(c)). Most importantly, the viability of
the recipients also increased signiﬁcantly if they were cocultured with healthy hMSCs (Figure 5(d), 79.2% and 71.7% in
MCA-treated and control hMSCs, respectively).

3.5. Maintenance of ΔΨm after Coculture with MCA-hMSCs.
In addition to reducing mitochondrial ROS in the recipients,
we further demonstrated that this mitochondria transfer/
donation also contributed to the maintenance of ΔΨm. The
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Figure 4: MCA enhanced mitochondria transfer to the injured hMSCs. (a) The MitoTracker Red-labeled mitochondria from the MCAtreated hMSCs were longer than the non-MCA-treated hMSCs in the coculture, as well as the numbers of TNTs formed (see enlarged
insets). The actin was stained with phalloidin (blue ﬂuorescence) in both coculture. (b) The MitoTracker Red-labeled mitochondria that
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with non MCA-treated hMSCs (left panel and inset). (c) Healthy hMSCs with or without MCA treatment were labeled with CFDA and
MitoTracker Red before coculture. After 24 h coculture with H2O2-treated hMSCs, all cells were harvested and subjected to ﬂow
cytometric analysis. The CFDA-unlabeled cells were gated and the MitoTracker Red ﬂuorescence was quantitated. The proportion of
cells containing red ﬂuorescence was 30.5% in coculture containing MCA-treated hMSCs as compared to the 16.3% in the control
hMSCs coculture. ∗∗ p < 0 01.

cocultured cells were stained with JC-1 and subjected to confocal microscopy. As shown in Figure 6(a), mitochondria
with higher ΔΨm (red ﬂuorescent) were dominant. The red

and green ﬂuorescence were further quantitated by ﬂow
cytometry, and the results demonstrated that the mitochondria with lower ΔΨm were signiﬁcantly reduced in coculture
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Figure 5: MCA-hMSCs rescued injured cells by reducing oxidative stress. (a) Healthy hMSCs with or without MCA treatment were labeled
with CFDA before coculture. After 24 h coculture with H2O2-treated hMSCs, all cells were harvested, stained with and MitoSOX Red, and
subjected to ﬂow cytometric analysis. The ﬂorescence of MitoSOX Red was determined separately in the CFDA-labeled and CFDAunlabeled cells. The proportion of injured cells (CFDA-unlabeled) with MitoSOX Red in coculture containing MCA-treated hMSCs was
24.4% as compared to the 37.1% in the control hMSCs coculture (b). However, the proportion of MitoSOX Red cells in the CFDA-labeled
healthy cells did not diﬀer much (c). The viability of injured cells increased after coculture (d). ∗∗ p < 0 01, as compared with the control.

containing healthy hMSCs (Figures 6(b) and 6(c)). The
reduction was further enhanced in coculture containing
MCA-treated hMSCs (Figures 6(b) and 6(c)). Addition of
nocodazole signiﬁcantly reduced this mitochondrial rescue
eﬀect, indicating that TNT formation was the key component
in mitochondria transfer/donation (Figures 6(b) and 6(c)).
3.6. MCA Treatment Reduces Mitochondrial Fragmentation
and Drp1 S616 Phosphorylation. We nest investigated
whether the protection of cell against oxidative damage,
reduction of mitochondrial ROS, and maintenance of ΔΨm
were reﬂected in mitochondrial dynamics. By using MicroP
analysis, we quantitated the mitochondrial morphological
changes after coculture. H2O2 caused fragmentation of
almost 90% of mitochondria in the hMSCs (Figures 7(a)
and 7(b)). However, coculture with healthy hMSCs reduced
the proportion of globular mitochondria signiﬁcantly

(Figure 7(b)). Among them, coculture containing MCAtreated cells further reduced mitochondrial fragmentation
to 68.1% when compared to the control hMSCs (78.5%)
(Figure 7(b)). Concurrently, the proportion of the relative
healthier linear tubular mitochondria consisted 14.8% and
26.0% in coculture containing control and MCA-treated
hMSCs, respectively. In addition, the average length of the
mitochondria in coculture containing MCA-treated hMSCs
also signiﬁcantly outscored those without MCA treatment
or H2O2-monotreated cells (Figure 7(c)).
Recruitment and/or retention of Drp1 in the mitochondria have been implicated in mitochondrial dynamics
[18, 19]. The polymerization of Drp1 is an early and obligatory step for mitochondrial ﬁssion and fragmentation. We
next tried to explore the possible mechanism of how MCA
reduced mitochondrial fragmentation in hMSCs by monitoring Drp1 phosphorylation (Drp1 S616) and Mfn2 expression.
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Figure 6: Maintenance of mitochondrial membrane potential (ΔΨm) after coculture with MCA-hMSCs. (a) The ΔΨm was measured using
JC-1 in hMSCs coculture system. The JC-1 was mostly red (indicating higher ΔΨm) in coculture containing MCA-treated hMSCs (right
panel), and the mitochondria appeared to be longer as compared to the control hMSCs coculture (comparing the enlarged insets from the
right and left panels). (b) The cocultured cells were analyzed with ﬂow cytometry. The proportion of cells with lower ΔΨm (green
ﬂuorescence) decreased in coculture containing MCA-treated hMSCs. The rescue of ΔΨm in the coculture decreased signiﬁcantly in
coculture medium containing nocodazole (c). ∗ p < 0 05.

As shown in Figure 7(d), Western blot analysis revealed that
exposure of hMSCs to H2O2 induced an increase in mitochondrial Drp1 S616, while Drp1 S616 was decreased in
MCA-treated hMSCs, as well as in the coculture system.
Notably, although MCA treatment increased Mfn2 expression in hMSCs, it did not alter the total expression of Mfn2
after coculture.
3.7. Mitochondria Transfer/Donation Helps in Maintaining
Mitochondrion Quality in the Injured hMSCs. Besides aﬀecting mitochondrial dynamics by regulating Drp1 S616, we
next investigated the fate of the damaged mitochondria in
the H2O2-treated hMSCs after coculture with MCA-treated
cells. MitoTracker Red and Green were used to label mitochondria in the healthy and H2O2-treated cells, respectively,
before coculture. At 6 h after coculture, the total cells were
subjected to ﬂuorescent confocal microscopy. Numerous
tubular intact mitochondria showed strong red ﬂuorescence,
while green ﬂuorescence was found majorly in dots and short
tubules (Figure 8(a)). Some of these dots and short tubules
also harbored MitoTracker Red when the images were

merged (insets in Figure 8(a)). The numbers of red ﬂuorescent mitochondria also increased drastically in hMSCs pretreated with MCA (Figure 8(a), right panel), echoing the
ﬁnding that MCA could increase mitochondrial mass in
Figure 1(c).
We next investigated the fate of these dotted and short
tubular mitochondria at 6 h after coculture with healthy
hMSCs. The whole cells were labeled with MitoTracker
Green and CytoPainter LysoRed. CytoPainter LysoRed selectively accumulates in lysosomes probably via the lysosome
pH gradient and can be used to study autophagy, including
mitophagy. Interestingly, some of the green ﬂuorescent mitochondrial aggregates colocalized with LysoRed after we
merged the images (Figure 8(b)). The colocalization of both
cellular components was more prominently found in coculture that consisted of H2O2-treated and MCA-treated hMSCs
(Figure 8(b), and the enlarged insets at the right panel).
Fluorescence intensity analysis of the insets in Figure 8(b),
especially in the two insets from MCA-hMSCs + H2O2hMSCs, further conﬁrmed that the green ﬂuorescence was
in the same plane of the red ﬂuorescence (Figure 8(c)).
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Figure 7: MCA reduced mitochondrial fragmentation. (a) Representative images of mitochondrial morphology after cocultured. The
mitochondria can be classiﬁed into small globular, linear tubular, branched tubular, twisted tubular, and looped types, using MicroP
software. The two major types of mitochondria, the globular and tubular, were enumerated and the results were shown in (b). In coculture
containing MCA-treated hMSCs, the proportion of globular mitochondria decreased, while the proportion of the healthier tubular
mitochondria increased signiﬁcantly. (c) The length of the mitochondria in the coculture containing MCA-treated hMSCs was longer than
that in the control hMSCs coculture. The width of the mitochondria from both coculture did not diﬀer. (d) Western blot analysis of Drp1
S616 and Mfn2. The fold ratios of lanes 2 and 3 were obtained after comparing to lane 1, while that of lane 5 were obtained after
comparing to lane 4. ∗ p < 0 05, ∗∗ p < 0 01, ∗∗∗ p < 0 001, n.s., not signiﬁcant. Scale bar: 20 μm.

The colocalization of fragmented mitochondria and
lysosome could be a consequence of mitophagy, a mechanism that has been implicated in mitochondrial quality
maintenance [20].

4. Discussion
Stem cell therapy is an important measure to restore tissue
damage due to injury and might serve as an alternative to
tissue or organ transplantation [21]. Besides successful
application of hematopoietic stem cell transplantation in
blood disorders or cancer patients, the therapeutic application of stem cells from other sources are not fully tested in
human due to lack of exact mechanisms, poor viability of
transplanted cells at the site of injury, poor integration
of implanted cells with the damaged tissues, and ethical
consideration [22]. Stem cells of other sources include
embryonic stem cells, adult stem cells, and tissue/organspeciﬁc progenitor cells. Among them, adult stem cells,

especially tissue-derived MSCs, have attracted the interest
of most researchers because they can be easily obtained
from the bone marrow, adipose tissue, synovium, periosteum, and placenta without much ethical consideration
[23]. However, the lack of exact mechanism and problem
of low viability after transplantation remained unsolved.
When MSCs enter the injury site, they usually die because
of the harsh microenvironment and failure to integrate/
adhere to the remaining tissue. In order to overcome the
abovementioned problems, especially in hMSCs-based cell
therapy, many strategies have been developed [22]. Genetic
modiﬁcation of MSCs before transplantation is less practical
due to regulatory obstacles of gene therapy. Preconditioning
of MSCs with chemicals, bioactive factors, and even hypoxia
culture [24–26] seems much easier to approach. Furthermore, MSCs can be transplanted in allogeneic ways as they
are less immunogenic [27].
Our previous studies show that NAC and AAP (termed
MCA in current study) cotreatment could promote hMSCs
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Figure 8: Mitochondria transfer helped regulating mitochondria quality in the injured hMSCs. (a) The mitochondria from the H2O2-hMSCs
were labeled with MitoTracker Green, while the mitochondria from the healthy hMSCs were labeled with MitoTracker Red, respectively,
before 6 h coculture. The number of MitoTracker Red-labeled mitochondria in the recipients increased in coculture containing MCAtreated hMSCs, while the MitoTracker Green-labeled mitochondria were shorter and tended to form aggregates (arrowheads in the
enlarge insets). (b) Both cocultured cells were stained with MitoTracker Green and LysoRed to identify the fate of the short mitochondria.
Many mitochondrial aggregates in the coculture containing MCA-treated hMSCs colocalized with LysoRed-labeled lysosomes
(arrowheads in the enlarged insets of the right panel). (c) Fluorescence intensity analysis of the respective insets in (b) conﬁrmed that the
green ﬂuorescence was in the same plane of the red ﬂuorescence. Scale bar: 20 μm.
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Figure 9: A schematic diagram showing TNT formation between injury and MCA-treated hMSCs. MCA can energize mitochondria and
increase the number of TNTs in hMSCs. These healthy mitochondria can be transferred to the injured cells via TNTs and subsequently
ameliorate oxidative stress, decrease mitochondrial damage/fragmentation/ﬁssion, and increase the turnover of damaged mitochondria
by mitophagy.

entrance into S-phase by suppressing cyclin-dependent
kinase inhibitors, which resulted in cell proliferation and
yet retained their diﬀerentiation ability [15]. In addition,
MCA also helped hMSCs to cope with H2O2-induced cell
death by inhibiting cell death and maintaining mitochondria
integrity [16].
In this study, using a coculture system that consisted of
healthy and H2O2-trerated hMSCs, we demonstrated that
MCA enhanced the protection potential of healthy hMSCs
by mitochondria transfer/donation through TNTs. MCA
initially promoted the increase of mitochondrial mass,
respiratory capacity, and TNT formation. These “energized”
mitochondria were transferred to the recipients via TNTs
and decreased the oxidative stress of the H2O2-treated
hMSCs. The ΔΨm of the injured cells was also stabilized
after mitochondria transfer/donation. Concurrently, we also
observed enhanced mitophagy in the coculture system,
implicating that damaged mitochondria were being eliminated in order to maintain cell physiology (Figure 9).
Although our ﬁndings indicate that functional mitochondria
transfer/donation from MCA-treated hMSCs protects injured
cells against H2O2-induced mitochondrial damage, the mechanisms of mitochondria transfer/donation remain unclear.
Mechanistically, although the total Mfn2 did not increase after
coculture, the decrease of Drp1 S616 was evidenced. Mfn2 and
Drp1 are important regulators of mitochondrial fusion and
ﬁssion, respectively.
Jiang et al. [28] demonstrated that human iPS-derived
MSCs could also donate their functional mitochondria to rescue corneal epithelial cells under rotenone-induced oxidative

stress via increased TNT formation between the two cell
types. They further showed that the increased TNTs was
associated with oxidative inﬂammation-activated NFκB/
TNFαip2 signaling pathways that could be attenuated by
NAC. Recent study has also revealed the possible mechanism of how mitochondria were transported in the TNTs:
overexpression of Miro1, a mitochondrial Rho-GTPase, in
mouse MSCs leads to enhanced mitochondrial transfer
and rescue of epithelial injury, while knockdown of Miro1
in MSCs failed to do so [29]. Interestingly, Miro1 overexpression did not alter the anti-inﬂammatory factors of the
MSCs, thus excluding the paracrine eﬀects of MSCs in stem
cell therapy.

5. Conclusion
This study reveals the protective eﬀects of MCA in promoting the therapeutic potential of hMSCs by energizing mitochondria and enhancing mitochondria transfer/donation
via TNTs (Figure 9). The pretreatment of hMSCs with antioxidants (MCA in current study) thus provides a novel strategy to enhance the therapeutic outcome of stem cell-based
therapy in tissue injury.
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