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Researchers both in academia and in industry regularly
rely on in vitro models to study biological responses and
mechanisms related to human health and disease. These
models range from relatively simple overexpression systems
in, for example, HEK293 or COS cells to more complex
specialized cells/tissues/organs from animals or, in rare cases,
humans (e.g., skin models, explanted organ materials) [1,
2]. Even though the results from these in vitro studies
are further tested and validated in in vivo animal models
before being extrapolated to the human situation, in general
the translation of results from bench to bedside remains
challenging due to poor species overlap. This is contributing
to the high attrition rate that the pharmaceutical industry
has been struggling with over the past years when trying to
introduce new drugs into the market [3]. Nevertheless, in
vitro models are one of the pillars of contemporary research,
with the benefits of ease of pharmacological manipulation,
genetic modifications, and analysis, small sample sizes, and
relatively low cost. Although a complete abolishment of
animal models is highly unlikely in the near future, the
importance of cell models will increase as initiatives like the
3Rs (refining, reducing, and replacing animal models) are
globally gaining importance. The US FDA is even planning
to adapt its guidelines for preclinical cardiotoxicity studies
by incorporating a computational integration of various
individual ion channel assays as well as electrophysiological
tests on stem cell-derived cardiomyocytes [4]. Needless to
say, it stresses that a continuous improvement of our in vitro
models is therefore warranted.

One of the reasons for the mentioned high attrition rates
in the pharmaceutical industry is the lack of sufficiently
predictive preclinical models of human origin. The discovery
of human (induced) pluripotent stem cells (hPSC) and their
ability to differentiate into a large variety of different cell
types [5, 6] has therefore raised the hope for being able to
create increasingly reliable in vitro models which includes the
possibility of further exploring their potential in the field of
personalized medicine. Extensive evaluation of these models
has indeed shown great promise. For example, hPSC-derived
hepatocytes that were exposed to hepatotoxic compounds
over a long period of time (14 days) showed evidence of
phospholipidosis and steatosis, which are signs of chronic
long term toxicity [7]. Yet another example is the generation
of functional hippocampal neurons from hPSC and their
usefulness for studies on the onset and progression of diseases
such as Alzheimer’s disease and epilepsy [8]. Taking it one
step further, researchers have also been able to test novel therapeutic options for the treatment of autosomal-dominantnegative disorders. This was elegantly shown through the use
of RNA interference (RNAi) that rescued the diseased phenotype of hPSC-derived cardiomyocytes carrying a mutation
causing the long QT syndrome [9] or carrying a mutation in
phospholamban that results either in dilated or in arrhythmogenic cardiomyopathy [10].
Despite all these promising results, there are still severe
limitations that currently hinder the implementation of stem
cell models in routine assays. One of the most important and
general challenges related to stem cell-derived models is the
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immature or somewhat artificial phenotype of the derived
cells which consequently leaves a considerable gap to the in
vivo situation. This seems to hold true for all specialized cell
types that are derived from hPSC and can be exemplified
by, for example, hPSC-derived hepatocytes that persistently
express fetal markers like alpha fetoprotein (AFP) and also
lack key mature hepatocyte functions, as reflected by low levels of many detoxification enzymes (e.g., CYP2A6, CYP3A4)
[11]. Another remaining challenge is to efficiently, and across
different hPSC lines, control the directed differentiation into
a specific subtype of a particular lineage, such as GABAergic
cortical interneurons or pancreatic 𝛽-cells [12, 13].
For this special issue, investigators have contributed original research articles as well as review articles that will support
the research community in approaching the goal of obtaining
models for the lab that can mirror the in vivo situation.
The published manuscripts in this special issue make use
of stem cells to derive hepatocytes, cartilage, and pancreatic
cells as well as utilize mesenchymal and hematopoietic stem
cells under different conditions. Various methodologies have
been employed to improve the cell phenotype generated, for
example, by modulating of substrate stiffness, creating of
functional scaffolds, and the addition of drugs. Furthermore,
a range of topics, including cell cycle senescence, DNA
methylation, and the use of CRISPR-Cas9 for genome editing,
are covered. We hope that the readers will appreciate the
contents of this issue and find scientific inspiration and new
ideas for their future work.
Malin K. B. Jonsson
Toon A. B. van Veen
Jane Synnergren
Bruno Becker
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Human pluripotent stem cells- (hPSCs-) derived hepatocytes have the potential to replace many hepatic models in drug discovery
and provide a cell source for regenerative medicine applications. However, the generation of fully functional hPSC-derived
hepatocytes is still a challenge. Towards gaining better understanding of the differentiation and maturation process, we employed
a standardized protocol to differentiate six hPSC lines into hepatocytes and investigated the synchronicity of the hPSC lines by
applying RT-qPCR to assess the expression of lineage-specific genes (OCT4, NANOG, T, SOX17, CXCR4, CER1, HHEX, TBX3,
PROX1, HNF6, AFP, HNF4a, KRT18, ALB, AAT, and CYP3A4) which serve as markers for different stages during liver development.
The data was evaluated using correlation and clustering analysis, demonstrating that the expression of these markers is highly
synchronized and correlated well across all cell lines. The analysis also revealed a distribution of the markers in groups reflecting
the developmental stages of hepatocytes. Functional analysis of the differentiated cells further confirmed their hepatic phenotype.
Taken together, these results demonstrate, on the molecular level, the highly synchronized differentiation pattern across multiple
hPSC lines. Moreover, this study provides additional understanding for future efforts to improve the functionality of hPSC-derived
hepatocytes and thereby increase the value of related models.

1. Introduction
The generation of a clinically relevant in vitro hepatocyte
experimental model is challenging since the model has to
mirror the diverse properties and functionality of its in
vivo counterpart [1]. At present, primary cells isolated from
human livers are considered to be the best in vitro hepatocyte

model [2]. However, these cells still have several limitations, such as shortage in availability, rapid phenotypical
changes following their isolation, and in vitro manipulation
including decreased hepatic enzyme functionality, short life
span, substantial interindividual variations, and lack of bile
collection [2–4]. Thus, the pursuit of a better candidate model
is strongly motivated. In this regard, human pluripotent stem

2
cells (hPSCs), characterized by their unique capacities of
self-renewal and differentiation, may provide an attractive
alternative. These cells constitute an excellent human cell
source for use in basic research and drug discovery and also
potentially in future regenerative medicine and cell therapy
applications. Moreover, the use of human induced pluripotent stem cells (hiPSCs), which are stem cells derived from
reprogrammed somatic cells, enables the development of
disease models and studies of interindividual diversity in
safety pharmacology and toxicology [5, 6]. However, in order
to fully realize the great potential of these cells, robust differentiation protocols are required to ensure reproducibility and
recapitulation of the mature hepatic functionality in the final
cell population [7]. Recent reports have indeed demonstrated
efficient differentiation of hPSCs into hepatocytes that share
many features of their in vivo counterparts, including the
expression of hepatic markers and genes involved in drug
metabolism and transport [8–11]. In addition, the cells have
shown the ability to accurately predict and classify the toxicity
of various compounds [6, 12].
Although the results from the hPSC-differentiation are
encouraging, establishment of in vivo-like functionality of
the in vitro-derived hepatocytes has still not been achieved,
mainly due to impaired expression of key genes, which are
critical for the metabolic functionality of the cells, a limitation
that inhibits their utility in some applications in therapeutics
and drug discovery [5]. Recently, Asplund and coworkers
reported a standardized protocol to generate homogenous
hepatocyte-like cell cultures from panel hPSC lines, which
displayed metabolic diversity reminiscent of intraindividual
variation found in the human population. That study showed
notable similarities between the large number of cell lines
analyzed but also variability of hepatic enzyme activity
including CYP1A, CYP2C9, CYP2D6, and CYP3A [13]. The
majority of previously reported protocols for differentiating
hPSCs to hepatocyte-like cells recapitulate liver development,
where the cells are first differentiated to definitive endoderm
(DE) and subsequently to hepatoblast (the hepatic progenitor
that gives rise to both hepatocytes and biliary cells) and
finally to hepatocyte-like cells [7, 13–15]. The growth and
differentiation of hepatocytes during embryonic liver organogenesis is known to be highly synchronized [16]. However,
whether biological replicates from multiple hPSC lines are
synchronized through an in vitro hepatocyte differentiation
process has not been thoroughly investigated. Synchronicity
accounts for the robustness of the differentiation protocol
in recapitulating liver organogenesis in vitro, and thus the
onset time of the different developmental stages for biological
replicates should be consistent.
In this study, we have investigated the expression of a
selected set of lineage-specific genes during the differentiation of six hPSC lines, including three hESC and three
hiPSC lines, to hepatocyte-like cells applying a protocol
further developed from the procedure reported by Asplund
and coworkers [13]. Sixteen key genes were analyzed by
reverse transcription quantitative real-time PCR (RT-qPCR):
OCT4 and NANOG as pluripotent markers; T (Brachyury)
as primitive streak marker; CXCR4, SOX17, and CER1 as
definitive endoderm markers; HHEX as ventral foregut
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endoderm marker [17]; PROX1, TBX3, and HNF6 as hepatoblast markers; AFP as fetal hepatocyte marker; and HNF4A
(HNF4a), CYP3A4, SERPINA1 (AAT), ALB (albumin), and
KRT18 (CK18) as hepatic markers [14]. The RT-qPCR results
were statistically analyzed using Spearman’s rank correlation.
A clustering analysis was also performed based on the gene
expression values. The results presented here show highly
synchronized and correlated gene expression profiles across
the six cell lines. In addition, the functionality of mature
hepatocytes-like cells was confirmed by measuring the drug
metabolizing activity of Cytochrome P450 (CYP) enzymes
CYP1A, CYP3A, CYP2C9, CYP2D6, and CYP2C19. Furthermore, these cells have the ability to store glycogen and they
express the drug transporters MRP2, OATP1B1, NTCP, and
BSEP. Interestingly, the hESC or hiPSC lines did not show
any pattern indicating any specific correlation to each other.
Furthermore, the clustering analysis shows the distribution of
lineage-specific markers in groups, reflecting the differentiation stages of hepatocytes.

2. Materials and Methods
2.1. Human Pluripotent Stem Cell Culture and Differentiation.
All hPSC lines used in this study are XY and were provided by
Takara Clontech (http://www.clontech.com). The cells were
thawed, maintained, and passaged in the feeder-free Cellartis
DEF-CS culturing system (Takara Clontech) according to the
manufacturer’s recommendations. The cell lines were used
in subsequent differentiation experiments at the following
passages: Cellartis SA121 p.10, Cellartis SA181 p.11, Cellartis
ChiPSC6b p.16, Cellartis AS034 p.10, Cellartis P11012 p.18, and
Cellartis P11025 p.21. (Throughout this paper, the cell lines are
referred to with their short names: SA121, SA181, ChiPSC6b,
AS034, P11012, and P11025, resp.).
The hPSCs were differentiated into definitive endoderm
(DE) cells by applying Cellartis DE differentiation kit (Takara
Clontech) according to the manufacturer’s recommendations.
At day 7, the cells were harvested according to the manufacturer’s recommendations and differentiated into hepatocyte-like cells applying a prototype of the Cellartis Hep differentiation kit (available upon request from Takara Clontech)
as illustrated in Figure 1.
2.2. RNA Extraction and Real-Time Quantitative Polymerase
Chain Reaction. Cell samples were collected daily before
performing medium change (if medium change was scheduled) during the differentiation process and preserved in
RNAprotect Cell Reagent (Cat. number 76526, QIAGEN)
at −20∘ C. RNA was extracted using MagMAX-96 Total
RNA Isolation Kit (Cat. number AM1830, Life Technologies)
and quantified by using GeneQuantpro spectrophotometer.
Eighty ng RNA of each sample was used to synthesize cDNA
applying the iScript cDNA Synthesis Kit (Cat. number 1708890, BIO-RAD).
TaqMan Fast Advanced Master Mix (Cat. number
4444557, Life Technologies) and TaqMan Gene Expression
Assays were used in RT-qPCR. Table 1 summarizes the assays
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Hepatocyte differentiation protocol:

DE
cells

Day 7

Day 9

Day 11

Day 14

Day 16

Replating in
HEP progenitor
medium (2)

HEP progenitor
medium (2)

HEP progenitor
medium (2)

HEP maturation
medium base (3Ap) +
supplement (3Bp)

HEP maturation
medium base (3Ap) +
supplement (3Bp)

Day 18

Day 21

Day 23

Day 25

Day 28

HEP maturation
medium base (3Ap)

HEP maintenance
medium (4)

HEP maintenance
medium (4)

HEP maintenance
medium (4)

HEP maintenance
medium (4)

Day 30

Day 32

HEP maintenance
medium (4)

HEP maintenance
medium (4)

Hepatocyte-like
cells day 35

Figure 1: Schematic overview of the protocol used for the hepatic differentiation. The DE cells were harvested at day 7 and replated in
HEP progenitor medium (2) on plates coated with the specific hepatocyte coating (1), which is included in the prototype of Cellartis Hep
differentiation kit (Takara Clontech). Medium change with HEP progenitor medium (2) was performed at days 9 and 11. At days 14 and 16 the
cells received HEP maturation medium base (3Ap) and supplement (3Bp). At day 18 the cells received HEP maturation medium base (3Ap).
At days 21, 23, 25, 28, 30, and 32 the cells received HEP maintenance medium (4); thereafter they were maintained in culture until day 35.

Table 1: Summary of TaqMan Gene Expression Assays used in the
study and on which days of the differentiation process they were
applied.
Gene symbol
ABCB11 (BSEP)
ABCC2 (MRP2)
AFP
ALB
T (Brachyury)
CER1
CREBBP
CXCR4
CYP3A4
HHEX
HNF4A
ONECUT1 (HNF6)
KRT18
KRT19
NANOG
OCT4
PROX1
SERPINA1 (AAT)
SLCD1B1 (OATP1B1)
SLC10A1 (NTCP)
SOX17
TBX3

Product number
Hs00184824 m1
Hs00960494 m1
Hs00173490 m1
Hs00910225 m1
Hs00610080 m1
Hs00193796 m1
Hs00231733 m1
Hs00237052 m1
Hs00604506 m1
Hs00242160 m1
Hs00230853 m1
Hs00413554 m1
Hs02827483 g1
Hs00761767 s1
HS2387400 g1
Hs04260367 gH
Hs00896294 m1
Hs00165475 m1
Hs00272374 m1
Hs00161820 m1
Hs00751752 s1
Hs00195621 m1

Days
31, 34
31, 34
10–35
19–35
0–3
1–9
0–35
2–10
21–35
1–11
9–35
10–35
13–35
6–35
0–7
0–7
14–35
19–35
31, 34
31, 34
2–10
7–35

that were used and on which days they were applied. Each
reaction included 1.6 ng cDNA and was run in duplicate.
CREBBP was used as reference gene and an in-house

calibrator was used for sample normalization as well [13]. For
hepatoblast, fetal, and mature hepatocytes markers an RNA
pool of freshly isolated human primary hepatocytes from 5
different donors was used as a calibrator. Interplate controls
were added for plate normalization.
The difference in quantification cycle (ΔΔ𝐶𝑞 ) and relative
quantification (RQ) were calculated according to the following formulas:
Δ𝐶𝑞 (sample) = 𝐶𝑞 (target) − 𝐶𝑞 (reference) ,
ΔΔ𝐶𝑞 = Δ𝐶𝑞 (sample) − Δ𝐶𝑞 (calibrator) ,

(1)

RQ = 2−ΔΔ𝐶𝑞 .
2.3. Statistical Analysis of Gene Expression Data. For each
gene, the expression data consisted of a matrix 𝐸𝑖𝑗 of RQ
values, where 𝑖 = 1, . . . , 6 represents the six cell lines and 𝑗 =
𝑑min , . . . , 𝑑max represents the days at which expression was
measured for the particular gene. For each gene, the RQ
vectors of every pair of cell lines were tested for association
using Spearman rank correlation, which is a nonparametric
test, not sensitive to extreme values, which can be used to
detect nonlinear relationships [18]. Correlation coefficients
were interpreted according to a scale where 0.8–1.0 was
defined as “very strong,” 0.6–0.8 as “strong,” 0.4–0.6 as
“moderate,” 0.2–0.4 as “weak,” and 0.0–0.2 as “very weak”
or “no correlation.”
For the clustering analysis, the matrix 𝐸𝑖𝑗 was replaced
with the vector median (𝐸𝑗 ), where each value is the median
RQ for a particular day over all six cell lines. Groups of
these RQ vectors, representing different combinations of
genes, were hierarchically clustered with the HCL algorithm in the MultiExperiment Viewer software v4.9

4
(http://www.tm4.org/mev.html), using Spearman rank correlation as similarity metric and complete linkage as the
linkage rule.
2.4. Immunocytochemistry. At days 0, 5, 7, 14, 24, 25, 29, and
30 of differentiation, the cells were washed with DPBS (+/+)
(Cat. number 14040-, Life Technologies) and fixed by incubation for 10 min in 4% formaldehyde (Cat. number 02176,
Histolab, Västra Frölunda, Sweden) and then washed and
maintained in DPBS (+/+) until processing. TNB-blocking
buffer was prepared by mixing 0.1 M Tris (Cat. number 104211, Kebo Lab AB) adjusted with hydrochloric acid 36.5%–38%
(Cat. number H1758, Sigma) to pH 7.5 with 0.15 M NaCl
(Cat. number S5886, Sigma) in dH2 O. Blocking reagent from
Perkin Elmer TSA-kit (Cat. number FP1012, Perkin Elmer)
was slowly added to Tris-HCl/NaCl buffer under stirring to
final concentration of 0.5%; then the solution was heated
to 60∘ C until the blocking reagent was dissolved. The cells
were washed once with DPBS (+/+), followed by incubation
for 10 min in 0.3% Triton-X (Cat. number T8532, Sigma) in
DPBS (+/+), and the cells were subsequently incubated in
TNB-blocking buffer for 1 h. Primary antibodies diluted in
0.1% Triton-X in DPBS (+/+) were added to the cultures
and incubated over night at 4∘ C. The following day, the
cells were washed three times with DPBS (+/+); then the
secondary antibodies and DAPI diluted in 0.1% Triton-X in
DPBS (+/+) were added and the cells were incubated for 2 h
at RT. Finally, the cells were washed three times with DPBS
(+/+) before being imaged in a fluorescence microscope
and photographed. The photos were processed using ImageJ
software (http://imagej.nih.gov/ij/). Table 2 summarizes the
different primary and secondary antibodies applied, the
dilution ratios, and the days at which respective markers were
analyzed.
2.5. Cytochrome P450 (CYP) Enzymes Activity Assay.
The activities of the enzymes CYP1A, CYP3A, CYP2C9,
CYP2C19, and CYP2D6 in hepatocyte-like cells differentiated
from all hPSC lines used in this study and in cryoplateable
human primary hepatocytes from four different donors
(BioreclamationIVT, Frankfurt am Main, Germany) were
measured as described previously with small modification
[13]. Briefly, hPSC-derived hepatocyte-like cells at day 29 of
the hepatic differentiation and primary human hepatocytes
(cultured for in total 20 h after plating) were incubated in a
cocktail of CYP substrates, 10 𝜇M phenacetin a CYP1A substrate, 10 𝜇M bufuralol a CYP2D6 substrate, 10 𝜇M diclofenac
a substrate of CYP2C9, 50 𝜇M mephenytoin a substrate of
CYP2C19, and 5 𝜇M midazolam a substrate of CYP3A. The
formation of the metabolites (paracetamol (CYP1A), 1-OHbufuralol (CYP2D6), 4-OH-diclofenac (CYP2C9), 4-OHmephenytoin (CYP2C19), and 3-OH-midazolam (CYP3A))
was determined by liquid chromatography/mass spectrometry (LC/MS) performed at Pharmacelsus GmbH (Saarbrücken, Germany). The samples were collected in duplicate
for each cell line, and the metabolite concentration was
normalized to the protein amount per well and incubation
time and the results are presented as pmol metabolite/mg
protein/min.
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2.6. PAS Staining. The cells were fixed as described above.
A PAS kit was applied (395B-1KT, Sigma Aldrich), in which
the cells were incubated in periodic acid for 15 min on a
shaker at RT. Then the cells were washed with dH2 O and
incubated in SCHIFF reagent for 30 min on a shaker at RT.
Subsequently the cells were washed with dH2 O and incubated
in hematoxylin for 90 seconds and finally the cells were
washed with dH2 O again.

3. Results
3.1. Human PSC Culturing and Hepatic Differentiation.
Human PSCs cultured in the Cellartis DEF-CS culturing
system showed typical stem cell morphology (round cells
with big nucleus) prior to harvesting at day 0 (Figure 2(a)).
The cell morphology started to change with the application
of Cellartis DE differentiation kit. At day 5 the cells showed
some morphology indicative of DE, and on day 7 the shape of
the cells became more spikey or triangular, which is the typical DE morphology having reached confluence (Figure 2(a)).
The cells were dissociated and replated, and hepatocyte
differentiation was performed by applying a prototype of Cellartis Hep differentiation kit. The hepatocyte differentiation
protocol is schematically described in Figure 1. The typical
DE cell morphology changed during the application of HEP
progenitor medium (Figure 2(b)) and after the application
of HEP maturation medium the cells gradually acquired the
hepatocyte morphology (Figure 2(c)). Finally, when the cells
were cultured in HEP maintenance medium, they acquired
the typical hepatocyte morphology, and polygonal single- or
binucleated cells were observed (Figure 2(d)).
3.2. Gene Expression of Lineage-Specific Markers. For each
hPSC line, RNA was collected daily throughout the differentiation process and subsequently analyzed using RT-qPCR
for the lineage-specific markers listed in Table 2. Figure 3
shows the relative quantification curves for the early stages
markers, in addition to pairwise cell line correlation tables for
each marker. The pluripotency markers OCT4 and NANOG
were distinctly downregulated early during the differentiation
process; OCT4 was expressed below the detection limit (𝐶𝑞 ≥
35) already at day 4 and NANOG at day 7. The average
pairwise correlation coefficients between cell lines for these
two markers are > 0.9 (Figure 3), indicating very high synchroneity among the cell lines at this stage. The expression of
T (Brachyury), a pan-mesoderm marker expressed in mesendoderm which is a precursor of both mesoderm and endoderm [19], peaks at day 2 in all cell lines (Figure 4). Figure 5
shows the onset of the DE markers SOX17 and CXCR4 at day
3 and the average correlation coefficients for these markers
during day 2 to day 10 are very high (0.85 and 0.98, resp.). The
expression of SOX17 decreased gradually until it fell below
the detection limit at day 10. The expression of CXCR4 was
upregulated until day 5 or day 6, and then it was downregulated and subsequently undetectable at day 9. The onset of
the DE marker CER1 occurred already at the mesendoderm
stage (day 2), one day earlier than SOX17 and CXCR4, and
its expression increased until day 6 after which it started to
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Table 2: Summary of primary and secondary antibodies used in the study.
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Figure 2: Morphology of cells during hepatic differentiation at days 0, 5, 7, 9 (ChiPSC6b), 11 (P11012), 14 (ChiPSC6b), 16 (P11012), 18 (P11012),
21 (P11012), 24 (SA121), 29 (AS034), and 35 (ChiPSC6b) magnification 10x. (a) Human PSCs cultured in Cellartis DEF-CS demonstrate stem
cell morphology at day 0 (AS034). (b) At day 5 (P11025) and day 7 (SA181) the cells show a characteristic DE morphology. (c) Following the
application of HEP progenitor medium, the DE cells transferred gradually to hepatoblasts. (d) The cells acquired the hepatocyte morphology
(polygonal cells) following the application of HEP maturation medium (3Ap) and supplement (3Bp). In the HEP maintenance medium (4)
the cells preserve typical hepatocyte morphology, polygonal cells with single- or binucleus.

decrease and, similar to CXCR4, it was below the detection
limit at day 9. The average correlation coefficient for CER1
is very strong (0.90) and there is no substantial difference
in CER1 expression between the cell lines. HHEX, a marker
for ventral foregut endoderm, was also expressed at the DE
stage and subsequently undetectable at day 11 (except for line
AS034), with a very strong average correlation coefficient of
0.86 as shown in Figure 5. In general, the correlation analysis
does not show any preference of hESC lines to correlate with
each other rather than with hiPSC lines or vice versa (Figures
3, 4, and 5).

The correlation between cell lines regarding markers of
stages following the DE phase of the hepatic differentiation
is slightly lower compared to the early markers (Figures 6
and 7). Due to transient fluctuations in the RNA levels on
the days after each medium change, days 8, 10, 12, 13, 15, 17,
19, 20, 22, 24, 26, 27, 29, 31, 33, and 34 were not included in
the correlation analysis. The genes TBX3, HNF4a, HNF6, and
AFP were expressed already at the hepatoblast stage. These
genes demonstrated gene regulation synchronicity among all
cell lines and, as shown in Figure 6, the average pairwise
correlation ranges from moderate (0.52 for HNF4a) through
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Figure 3: Gene expression profiles of the pluripotent markers OCT4 and NANOG. (a) The 𝑥-axis indicates the days during differentiation and
the 𝑦-axis indicates relative quantification (RQ) where the calibrator’s RQ = 1. The colored lines show the results from each individual hPSC
line and the grey line indicates the calculated median value of the RNA level. (b) Correlation tables show very strong correlations between
the cell lines, with an average pairwise correlation of 0.93 for OCT4 and 0.92 for NANOG for the interval of day 0 to day 7.
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Figure 4: (a) Bar graph showing the RNA expression levels of the primitive streak marker 𝑇. The 𝑥-axis indicates the day of differentiation and
the 𝑦-axis indicates RQ, where the calibrator’s RQ = 1. All six cell lines express the 𝑇 gene essentially only at day 2; therefore, the correlation
between cell lines for the interval of day 0 to day 3 is very strong as indicated in (b).

strong (0.60 for HNF6 and 0.63 for AFP) to very strong (0.83
for TBX3). The correlation of the mature hepatocyte markers
ranges from weak (0.38 for CYP3A4), through moderate
(0.41 for PROX1 and 0.57 for AAT), to strong (0.75 for both
KRT18 and ALB) (Figure 7). Although the weakest average
correlation was shown for CYP3A4, there are some strong

and very strong correlations between pairs of cell lines for
this gene, for example, 0.89 between ChiPSC6b and P11025
(Figure 7). Interestingly, and as noted above for the DE stage,
there is no preference for hESC lines to correlate with each
other rather than with hiPSC lines at later stages either, and
the same applies to the hiPSC lines. The expression profiles
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Figure 5: Gene expression profiles for DE (SOX17, CXCR4, and CER1) and ventral foregut endoderm (HHEX) markers in the interval from
day 1 to day 11. (a) The 𝑥-axis indicates the days during differentiation and the 𝑦-axis indicates RQ, where the calibrator’s RQ = 1. The colored
lines show the results from each individual hPSC line and the grey line indicates the calculated median value of the RNA level. Correlation
tables are shown in (b). The time points before the onset of expression and after the RNA levels have decreased below the detection limit are
not included in the analysis (e.g., day 1 and day 11 were excluded for SOX17). In general, the correlation between cell lines for all these markers
is very strong. DE cells seem to emerge at day 3 and disappear at day 8.
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Figure 6: Gene expression profiles of early hepatic markers (TBX3, HNF4A, HNF6, and AFP) in the interval from day 7 to day 35. (a) The
𝑥-axis indicates the days during differentiation and the 𝑦-axis indicates RQ, where the calibrator’s RQ = 1. The colored lines show the results
from each individual hPSC line and the grey line indicates the calculated median value of the RNA level. Correlation tables are shown in (b).
The graphs show synchronicity of onset as well as up- and downregulation among all cell lines for the genes TBX3, HNF4A, HNF6, and AFP.
The average correlation between pairs of cell lines ranges from moderate (0.52 for HNF4A) to very strong (0.83 for TBX3).

for the different genes show minor fluctuations during the
hepatic differentiation; however, the distinct changes in gene
expression occurred in general at the same time for the
different cell line, further underscoring the synchronized
differentiation process across the cell lines.
3.3. Immunocytochemical Analysis of Lineage-Specific Markers
during Hepatic Differentiation. The protein expression of
selected markers from the different developmental stages

was analyzed by immunocytochemistry. Figure 8 shows the
homogenous expression of the pluripotent marker Oct4 in
hPSCs in addition to the absence of the differentiation marker
SSEA-1 (Figures 8(a)–8(d)), demonstrating the undifferentiated state of the hPSC at the start of the differentiation
protocol. At days 5 and 7, all cells expressed the DE marker
Sox17 and the pluripotency marker Oct4 was absent (Figures
8(e)–8(h) and 8(i)–8(l), resp.), illustrating the high efficiency
in generating DE cells using the differentiation kit.
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Figure 7: Gene expression profiles of later hepatic markers (AAT, PROX1, KRT18, ALB, and CYP3A4) in the interval from day 13 to day 35.
(a) The 𝑥-axis indicates the days during differentiation and the 𝑦-axis indicates RQ, where the calibrator’s RQ = 1. The colored lines show the
results from each individual hPSC line and the grey line indicates the calculated median value of the RNA level. Correlation tables are shown
in (b). The graphs show synchronicity of onset and up- and downregulation among all cell lines for the genes AAT, PROX1, KRT18, ALB, and
CYP3A4. The average correlation between pairs of cell lines ranges from weak (0.38 for CYP3A4) to strong (0.75 for KRT18 and ALB).
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Figure 8: Representative micrographs from immunocytochemical analysis at days 0, 5, and 7 during hepatic differentiation of the cell line
AS034. Magnification: 20x. Panels (a)–(d) show staining of undifferentiated hPSC at day 0: (a) and (c) show nuclear DAPI staining, (b) shows
Oct4 staining, and (d) shows SSEA-1 staining. Panels (e)–(h) show staining of DE cells at day 5 of differentiation: (e) shows nuclear DAPI
staining, (f) shows Oct4 staining, (g) shows Sox17 staining, and (h) shows a merge of DAPI and Sox17 staining. Panels (i)–(l) show staining of
DE cells at day 7 of differentiation: (i) shows nuclear DAPI staining, (j) shows Oct4 staining, (k) shows Sox17 staining, and (l) shows a merge
of DAPI and Sox17 staining.

During the differentiation from DE cells to hepatocytes,
hepatic markers were gradually upregulated. Figure 9 shows
the expression of CK18, AFP, and HNF4a at day 14. The
hepatic marker CK18 was weakly expressed (Figure 9(a)),
while AFP and HNF4a were strongly expressed in most of
the cells (Figures 9(b) and 9(c), resp.).
At day 25, the differentiation has progressed and more
mature hepatocyte markers were expressed in the cells.
Figure 10(a) shows the expression of CK18, which was
remarkably denser at day 25 than at day 14. HNF4a was
still expressed at day 24 at a similar level as on day 14
(Figure 10(b)). Coexpression of ALB and AFP at day 25 was
detected in some hepatocyte-like cells; however, the cell
cultures were heterogeneous since in some cells only AFP
was expressed, which indicated a fetal-like phenotype
(Figure 10(c)).
At day 29, expression of AFP was still present although
it was weaker than at day 25. At this stage, the cells were

still heterogeneous with about 50% of the cells expressing
only ALB and the remaining 50% coexpressing AFP and
ALB (Figure 11(a)) indicating the immaturity of some cells at
this point. Coexpression of AAT and AFP was also detected
(Figure 11(b)); however, there were still some cells that only
expressed AFP. At day 30, mature hepatic markers were
expressed, such as CYP3A4 (Figure 12(a)); however, not all
cells were immunopositive. In addition, HNF4a was still
expressed in all hepatocyte-like cells (Figure 12(b)).
Figure 13 shows an overview of the expression patterns
of all the genes analyzed in this study, considering genes as
being expressed if 𝐶𝑞 < 35. The culturing medium of the
different stages during hepatic differentiation as well as the
days after start of differentiation is indicated in the upper
bars. The pluripotency genes, OCT4 and NANOG, were
expressed from day 0 and their expression partly overlapped
the DE stage. The 𝑇 gene (Brachyury) was only expressed
at day 2 indicating the mesendoderm stage. The genes CER1
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Figure 9: Representative micrographs illustrating the expression of selected markers at day 14 of the hepatic differentiation. Panel (a) shows
staining for CK18 (SA121, 40x magnification). Panel (b) shows staining for AFP (AS034, 20x magnification). Panel (c) shows staining for
HNF4a (AS034, 20x magnification).

and HHEX were initiated already at day 2 and CXCR4
and SOX17 appeared at day 3, indicating the onset of the
DE differentiation. Progenitor and hepatocyte markers were
expressed gradually after adding HEP progenitor medium.
TBX3 and HNF4A were already present at day 8, which is
one day after the shift to HEP progenitor medium (2). HNF6
appeared on day 10 and the fetal hepatocyte marker AFP on
day 11. The expression of PROX1 and KRT18 was detected at
day 15, one day after the shift to HEP maturation medium base
(3Ap) with supplement (3Bp). The hepatocyte maturation
marker AAT was already expressed at day 18. ALB was present
from day 20 and, notably, only a few days after the addition
of HEP maintenance medium (4) the adult enzyme CYP3A4
was expressed at day 23.
3.4. Clustering Analysis. In order to detect possible coregulation and similarities between all the genes that were
analyzed in this study except transporters SLC10A1 (NTCP),

ABCB11 (BSEP), SLCO1B1 (OATP1B1), and ABCC2 (MRP2),
clustering analyses of the gene expression were performed
both globally and locally for different intervals during the
hepatic differentiation. The clustering of genes was performed
using each gene’s median expression value over all cell lines,
with Spearman’s rank correlation as the similarity function.
The clustering of days 0 to 11 shows a clear separation between
two clusters, with one containing the pluripotency markers,
OCT4 and NANOG, and the primitive streak marker, 𝑇, and
the other cluster containing the DE markers SOX17, CXCR4,
CER1, and HHEX, the ventral foregut marker (Figure 14(a)).
In the clustering of genes days 14 to 35 of the hepatic differentiation, the main separation is between a cluster containing the two genes TBX3 and AFP and a second cluster
containing the remaining genes. In the later cluster, HNF4A
and HNF6 are clearly separated from a subcluster containing
PROX1, CYP3A4, ALB, AAT, and KRT18 (Figure 14(b)).
Notably, in the analysis of days 7 to 21, HNF6 is clearly
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Figure 10: Representative micrographs illustrating the expression of markers at day 25. Panel (a) shows staining for CK18 (ChiPSC6b, 40x
magnification). Panel (b) shows staining for HNF4a (AS034, 20x magnification). Panel (c) shows stainings for ALB and AFP (ChiPSC6b, 20x
magnification).

separated from all other genes. For the remaining genes, there
were one subcluster consisting of HNF4A and AFP and a
second subcluster consisting of TBX3, PROX1, and KRT18
(Figure 14(c)). For the maturation phase (days 21 to 35) two
main clusters were identified, one containing HNF4A, TBX3,
and AFP and the other containing PROX1, AAT, HNF6,
KRT18, ALB, and CYP3A4 (Figure 14(d)).
3.5. Gene Expression and Immunocytochemistry Analysis of Drug Transporters. To determine the maturity of

the hepatocyte-like cells generated from the different hPSC
used in this study, RT-qPCR was applied to analyze the
expression of the drug transporters SLC10A1 (NTCP),
ABCB11 (BSEP), SLCO1B1 (OATP1B1), and ABCC2 (MRP2).
Figure 15 shows interindividual variation in drug transporters gene expression in hepatocyte-like cells derived from
the different hPSC lines (Figure 15(a)–15(d)). In addition, the
expression of NTCP (Figure 15(a)) and MRP2 (Figure 15(b))
was closer to the level of human freshly isolated primary
hepatocytes (calibrator) than OATP1B1 (Figure 15(c)) and
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Figure 11: Representative micrographs illustrating the expression of markers at day 29 of the hepatic differentiation of the cell line ChiPSC6b.
Magnification: 20x. Panel (a) shows stainings for ALB and AFP. Panel (b) shows stainings for AAT and AFP.
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Figure 12: Representative micrographs illustrating the expression of markers at day 30. Panel (a) shows stainings for CYP3A4 (AS034, 20x
magnification). Panel (b) shows stainings for HNF4a (AS034, 20x magnification).
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Figure 13: Overview of the expression patterns of all genes analyzed in this study. The header bar shows the medium in which the cells were
incubated during the indicated days through hepatic differentiation. The bars below indicate the expression duration of the different genes
during the hepatic differentiation. Gene expression after day 35 was not analyzed; hence end of expression for genes expressed at day 35 should
not be assumed.

(d)

Figure 14: Clustering analysis. The genes included in the study were clustered applying Spearman rank correlation. Colors indicate RQ
according to the scale shown above each heatmap. Missing values are indicated by gray color. (a) Clustering results for days 0 to 11, (b) days
14 to 35, (c) days 7 to 21, and (d) days 21 to 35.

BSEP (Figure 15(d)). Most of the interindividual variation
was observed for BSEP (Figure 15(d)), where hepatocytelike cells derived from AS034 at day 34 expressed BSEP at
higher levels than any of the other hPSC-derived hepatocytes.
OATP1B1 also showed high interindividual variation, where

hepatocytes derived from SA181 and P11012 at day 3 expressed
OATP1B1 at higher levels than what were observed in the
other cell lines.
Immunocytochemistry analyses were performed to confirm the expression of NTCP, BSEP, MRP2, and OATP1B1 at

16
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Figure 15: Bar graph showing the RNA expression levels of the drug transporters (a) SLC10A1 (NTCP), (b) ABCC2 (MRP2), (c) SLCO1B1
(OATP1B1), and (d) ABCB11 (BSEP). The 𝑥-axis indicates the hPSC lines at days 31 and 34 of the hepatic differentiation. The 𝑦-axis indicates
RQ, where the calibrator’s RQ = 1. The calibrator was an RNA pool of freshly isolated human primary hepatocytes from 5 different donors.

the protein level. Figure 16 shows the staining patterns for
NTCP and OATP1B1 and Figure 17 shows the expression of
BSEP and MRP2.
3.6. Cytochrome P450 (CYP) Enzymes Activity Assay. To
investigate the drug metabolizing capacity, hepatocyte-like
cells and cryoplateable human primary hepatocytes (hphep)
were incubated in a cocktail of phenacetin (metabolized
by CYP1A), bufuralol (metabolized by CYP2D6), diclofenac
(metabolized by CYP2C9), midazolam (metabolized by
CYP3A), and mephenytoin (metabolized by CYP2C19) at
day 29 of the hepatic differentiation. The concentrations of
the resulting metabolites paracetamol, 1-OH-bufuralol, 4OH-diclofenac, 3-OH-midazolam, and 4-OH-mephenytoin

were determined by liquid chromatography/mass spectrometry. The metabolite concentrations were normalized to mg
protein and incubation time. Figure 18 shows interindividual
variation in the different CYP enzyme activities in the
hepatocyte-like cells generated from the different hPSC lines.
The activity of CYP1A in hphep is about 7 times higher than
in AS034-derived hepatocytes (Figure 18(a)). However, the
activity of CYP3A in SA034-derived hepatocytes was higher
than in hphep (Figure 18(b)). The activity of CYP2C9 in
hphep is about 4 times higher than in ChiPSC6b-derived
hepatocytes (Figure 18(c)). The activity of CYP2D6 in
hphep is much higher than in hPSC-derived hepatocytes
(Figure 18(d)). Moreover, the activity of CYP2C19 in hphep
is about 4 times higher than ChiPSC6b-derived hepatocytes
(Figure 18(e)). In addition, hepatocyte-like cells from SA034
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Figure 16: Representative micrographs illustrating the expression of drug transporters at day 29 of the hepatic differentiation of P11012.
Magnification: 20x. Panel (a) shows stainings for NTCP. Panel (b) shows stainings for OATP1B1.

show much high CYP1A and CYP3A activity compared to
other hPSC-derived hepatocytes (Figures 18(a) and 18(b),
resp.). Hepatocyte-like cells derived from ChiPSC6b show
higher CYP2C9 activity compared to hepatocytes-like cells
derived from the other cell lines (Figure 18(c)). These results
illustrate the interindividual variation in CYP activity of
hPSC-derived hepatocytes.
3.7. PAS Staining. The ability to produce and store glycogen is
a function of mature hepatocytes [11]. To investigate if hPSCderived hepatocytes also have the ability to store glycogen
PAS staining was performed. Figure 19 shows the detection
of glycogen storage by PAS. Hepatocytes derived from both
hESC (Figure 19(b)) and hiPSC (Figure 19(a)) show glycogen
storage ability.

4. Discussion
The unique properties of pluripotent stem cells, including
their indefinite self-renewal and their capacity to differentiate
to essentially all cell types in the body, make them an attractive source for human cells that can be applied in various cell
models for drug discovery and future regenerative medicine
applications [2, 4, 5, 7, 15, 20, 21]. In vitro differentiation
of hepatocytes, recapitulating some of the properties and
functionalities of their in vivo counterpart, has been reported
by several groups using differentiation protocols that mimic

the hepatocyte development in vivo [4, 6–9, 15, 22]. A recent
study reported a standardized hepatocyte differentiation
protocol that does not require any further adjustments to
produce near-homogenous hepatocytes from a large panel of
different hPSC lines [13]. In the present study, we have differentiated six hPSC lines into hepatocyte-like cells applying a
protocol developed further from the procedure published by
Asplund and coworkers [13]. Using RT-qPCR, we analyzed
the gene expression of several key lineage-specific genes that
are markers for the different stages during hepatocyte differentiation to assess the synchronicity of the in vitro differentiation process. In addition, we applied statistical methods to
mathematically analyze and quantify the correlation between
the hPSC lines. The results revealed highly synchronized gene
expression profiles, especially for key markers of the early
differentiation stages, thus indicating the similarity of this in
vitro differentiation process to the in vivo liver development.
However, weak correlation of the mature hepatocyte marker
CYP3A4 could be explained by its high level of polymorphism
[23]. We also noted that the correlation patterns among
hESC and hiPSC lines appeared randomly distributed and no
evidence of preferential similarity between specific cell lines
was observed.
The hepatic differentiation process starts with the downregulation of the stem cell markers OCT4 and NANOG that
are also clustered together indicating similar functionality,
such as maintenance of pluripotency, and both genes have
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Figure 17: Representative micrographs illustrating the expression of drug transporters at day 29 of the hepatic differentiation. Magnification:
20x. Panel (a) shows stainings for BSEP in P11025 cell line. Panel (b) shows stainings for MRP2 in SA121 cell line.

been indeed reported to control the expression of each
other [24]. NANOG clustered also with T (Brachyury), and
NANOG has been reported to bind the promoter region of T
[25]. Our results also show that OCT4 is undetectable in DE
cells while NANOG is downregulated but still present at low
levels at the DE stage, which is also consistent with the results
from other studies [26, 27]. The primitive streak stage appears
at day 2 with a short peak expression of T, which is then
undetectable already on day 3, in parallel with the onset of
expression of SOX17 and CXCR4, indicating the termination
of the mesendoderm stage and the initiation of the DE stage
[19, 27]. SOX17 and CXCR4 also clustered together at the DE
stage, which is expected since CXCR4 is regulated by SOX17
[27]. CER1 is typically used as DE marker in combination with
other genes, since it is also expressed in mesoderm [28]. Our

results indicate that, unlike SOX17 and CXCR4, the onset of
CER1 occurs in the primitive streak, which is in agreement
with in vivo liver development [29]. HHEX promotes the
further hepatic differentiation by terminating the DE stages,
thereby initiating hepatoblast differentiation. The onset of
HHEX expression is suggested to occur at the DE stage
and continue through the hepatoblast stage [30]. Our results
demonstrate the upregulation of HHEX in the mesendoderm
and its expression is terminated at the hepatoblast stage.
HHEX also cluster with CER1, and both of these genes are
known to be induced by SOX17. This was, however, not
reflected in our results, since CER1 and HHEX were expressed
before SOX17. In addition, HHEX is required for the normal
expression of CER1, which may explain the clustering of
this pair of genes with SOX17 and CXCR4 [28]. However,
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Figure 18: Cytochrome 450 enzymes (CYP) activities in hepatocytes derived from hPSCs (AS034, SA121, SA181, P11012, P11025, and
ChiPSC6b) (𝑁 = 2) and cryopreserved human primary hepatocytes plated for 20 hr (hphep 20 h) (𝑁 = 4). CYP activities in hepatocyte
cultures were measured after 29 days of differentiation by the following assay: the cells were incubated with CYP enzymes substrates
phenacetin (CYP1A), midazolam (CYP3A), diclofenac (CYP2C9), bufuralol (CYP2D6), and mephenytoin (CYP2C19). The concentrations
of the resulting metabolites paracetamol, 3-OH-midazolam, 4-OH-diclofenac, 1-OH-bufuralol, and 4-OH-mephenytoin were determined by
liquid chromatography/mass spectrometry. The results were normalized to mg protein per well and the duration of CYP activity assay. The
CYP activity is presented as pmol metabolite per mg protein per minute (mean ± SEM). The 𝑦-axis in log scale. (a) CYP1A, (b) CYP3A,
(c) CYP2C9, (d) CYP2D6, and (e) CYP2C19.
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Figure 19: Representative PAS stainings. The cells were treated with periodic acid, SCHIFF, and hematoxylin as described in Materials and
Methods. (a) P11025 and (b) AS034.
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the expression of HHEX was terminated at the later hepatoblast stage, whereas in vivo expression of HHEX is maintained
throughout the hepatic development [14].
Small fluctuations in the RNA levels were observed as
an artifact at each medium change after the DE stage and
these were not included in the gene expression and clustering
analysis since they would mask the real effects when the
gene expression is stabilized and introduce nonrelevant noise.
The genes TBX3 and HNF4A are known to be expressed in
the hepatic endoderm stage [1, 4, 14, 31, 32]. Interestingly,
these genes are induced directly after the application of HEP
progenitor medium (2) indicating the efficiency of the medium in promoting the development into hepatoblasts. TBX3
is proposed to promote hepatocyte differentiation from hepatoblasts and represses cholangiocytes by downregulating
HNF6 and KRT18 and additionally promotes the expression
of HNF4A, which is a key regulator of morphological and
functional differentiation of hepatocytes [2], by repressing the
transcriptional repressor of HNF4A [32]. HNF6 is expressed
at the hepatoblast stage and promotes the differentiation of
hepatoblasts towards cholangiocytes [14, 32]. However, HNF6
is required for proper liver development in the early stages
[33]. Towards the end of the hepatoblast stage, AFP expression is detected, which is a fetal hepatocyte marker expressed
until birth. Subsequently, it is downregulated but can still be
detected in adult liver at very low levels [34]. Our results
show that AFP is coexpressed in some hepatocyte-like cells
with the mature hepatocyte markers AAT and ALB and is
downregulated in the maturing hepatocyte-like cells, however, not to a level below the detection limit of the assay
(Figure 6). PROX1 and KRT18 are upregulated at day 15
(Figure 7), directly after the switch to HEP maturation base
medium (3Ap) and supplement (3Bp). PROX1 together with
HNF6 was demonstrated to be crucial for complete hepatocyte programming including recapitulating the metabolic
functionality in vitro [31]. KRT18 is a hepatic marker which we
observed to be weakly expressed in hepatoblasts and which
was upregulated in later stages (Figure 7), which is in accordance with other studies [35]. AAT is detected at day 19 at low
levels compared to freshly isolated primary hepatocytes. ALB,
which is a mature hepatocyte marker, is detected at day 20.
This gene could also be expressed in nonfunctional hepatocytes when the programming process fails to mimic liver
organogenesis [31]. However, the detection of CYP3A4
mRNA expression (Figure 7) and CYP3A4 immunopositive
hepatocyte-like cells (Figure 12) as well as CYP activity assay
results that show comparable results to cryoplateable human
primary hepatocytes (Figure 18) confirmed the hepatic functionality of the generated hepatocyte-like cells. In addition,
the RNA and protein expression of the drug transporters
MRP2, OATP1B1, BSEP, and NTCP (Figures 16 and 17), as well
as the ability to store glycogen (Figure 19), also demonstrate
the hepatic functionality of these cells. The interindividual
variation in CYP activity and drug transporters expression in
hPSC-derived hepatocytes show similarity to what is typically
observed in their in vivo counterparts [11, 13]. However,
unlike during the in vivo liver development [14], ALB is not
detected in hepatoblasts in our study.
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The clustering analysis of the later differentiation stages
reveals the shift of the cluster PROX1, TBX3, KRT18, HNF4A,
and AFP at days 7 to 21 to the cluster HNF4A, AFP, and
TBX3, and the cluster PROX1, AAT, HNF6, ALB, CYP3A4,
and KRT18 at days 21 to 35. The clustering of PROX1 and
KRT18 both between days 7 and 21 and between days 21
and 35 could be explained by the upregulation of both genes
when switching to the HEP maturation base medium (3Ap)
and supplement (3Bp). Importantly, PROX1 and HNF6 were
described to be involved in the same gene regulatory network
controlling the migration and adhesion of hepatocytes in vivo
[33, 36]. Since HNF6 and KRT18 are both regulated by TBX3
[32] it is plausible that PROX1 and KRT18 are involved in the
same gene regulatory network. HNF4a is known to bind to
more than 40% of liver active genes [2], and its expression
is already upregulated at day 8, which could explain its clustering with AFP and TBX3, which are also upregulated early
(Figure 13). At days 21 to 35 there is a clear distribution of
mature hepatocyte markers (AAT, ALB, KRT18, and CYP3A4)
into adjacent clusters separated from earlier markers (AFP,
TBX3). Finally, the clustering of HNF6 with KRT18 could
possibly be explained by the common regulation by TBX3
[32]; however, the clustering of ALB with HNF6 needs to be
further investigated.

5. Conclusion
The process of differentiating hPSCs into hepatocytes used
in the present study demonstrated highly synchronized gene
expression profiles of several lineage-specific genes across 6
hPSC lines. Comparing these data to the results from previous studies of both in vitro and in vivo differentiated
hepatocytes revealed important similarities but also some
differences, such as the absence of coexpression of PROX1
and HNF6, which promotes the induction of HNF1A. Furthermore, the silencing of HHEX at early stages also deviates from the in vivo situation. A successful correction of
these deviations would have the potential to significantly
improve the functionality of in vitro derived hepatocytes.
Moreover, further investigation of the interaction between
ALB and HNF6 could also lead to improvements of future
differentiation protocols. Taken together, this study adds yet
another piece of information to the efforts of improving
in vitro hepatic differentiation protocols, thereby bringing
hPSC-derived hepatocyte based models to a wider practical
use.

Conflict of Interests
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In many cell types, several cellular processes, such as differentiation of stem/precursor cells, maintenance of differentiated
phenotype, motility, adhesion, growth, and survival, strictly depend on the stiffness of extracellular matrix that, in vivo, characterizes
their correspondent organ and tissue. In the liver, the stromal rigidity is essential to obtain the correct organ physiology whereas
any alteration causes liver cell dysfunctions. The rigidity of the substrate is an element no longer negligible for the cultivation
of several cell types, so that many data so far obtained, where cells have been cultured on plastic, could be revised. Regarding
liver cells, standard culture conditions lead to the dedifferentiation of primary hepatocytes, transdifferentiation of stellate cells into
myofibroblasts, and loss of fenestration of sinusoidal endothelium. Furthermore, standard cultivation of liver stem/precursor cells
impedes an efficient execution of the epithelial/hepatocyte differentiation program, leading to the expansion of a cell population
expressing only partially liver functions and products. Overcoming these limitations is mandatory for any approach of liver tissue
engineering. Here we propose cell lines as in vitro models of liver stem cells and hepatocytes and an innovative culture method that
takes into account the substrate stiffness to obtain, respectively, a rapid and efficient differentiation process and the maintenance of
the fully differentiated phenotype.

1. Introduction
The adult stem cell differentiation choices, as well as the maintenance of the differentiated phenotype, depend on many
factors including diffusible molecules and cell/cell and cell/
matrix interactions. In recent years an increasing importance
has been attributed to the elasticity and the stiffness of the
extracellular matrix (ECM), which are physical elements
characterizing each adult organ and tissue. These parameters
are expressed as resistance to deformation or elastic modulus
(𝐸) and reported in Pascal units (Pa = newtons/m2 ) [1].
The ECM stiffness is particularly relevant in the liver, the
physiology and pathology of this organ being strictly correlated to specific modules of elasticity. In general, it is known
that a healthy liver has a low ECM elasticity (0.3–6 kPa),

which allows the polarization and the proper functioning
of hepatocytes and maintains the quiescence of stellate cells
and the optimal fenestration of sinusoidal endothelium. A
fibrocirrhotic liver, conversely, is characterized by a significant increase of the matrix elasticity (20 kPa or higher when
fibrosis and cirrhosis progress) that, in addition to negatively
affecting the microcirculation, can alter the state of differentiation/quiescence of mature liver cells and/or of the stem
cell compartment [2]. It has been reported that an increase of
liver stiffness may precede the matrix deposition [3], which
represents the first response of the organ to several injuries.
Therefore, the increase of liver stiffness may also play an
important role in the early stages of fibrosis, in addition to
characterizing the more advanced disease.
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The importance of the substrate elasticity cannot be
neglected even in cell cultures. Recently, the impact of
the mechanotransduction on many aspects of the behavior
of cultured cells has been unveiled. Several cell functions
have been proven to be strictly depending on mechanical
forces exerted by the extracellular environment, including the
execution of the differentiation program, the maintenance of
the differentiated phenotype, motility, adhesion, growth, and
survival [4, 5]. The effects of an alteration of ECM elasticity
on cell behavior are extensive, also affecting the efficiency of
DNA uptake [6] (which is particularly important when cells
are manipulated for therapeutic approaches or basic research)
and the basal transcriptional activity [7].
All these considerations lead to a reassessment of many
acquisitions deriving from the studies on cells grown on plastic (with 𝐸 > 1 GPa), since this culture condition would not
allow a proper execution of the mechanosensitive biological
processes. One of the most common problems of the traditionally performed cell cultures (for all cell types and, in particular, for hepatocytes) is the loss of the fully differentiated
phenotype [8] that could be overcome by more physiological
culture conditions. Moreover, with respect to stem/precursor
cells, the challenge is to find the optimal conditions for their
in vitro maintenance and expansion, as well as for their quick
and correct differentiation [9]. These elements are particularly important in attempting to use cultured liver cells in
protocols of cell therapy and liver tissue engineering.
In the recent years, several methods have been developed
to culture mammalian cells in a more physiological and
efficient setting and important results have been obtained
using natural or synthetic substrates with different 𝐸 values.
Gels based on natural ECM components, such as type I
collagen, Matrigel, and fibrin, whose stiffness can be modulated by modifying the density of ECM proteins or by chemical crosslinking, allowed impacting tumor growth [10–12]
as well as regulating the differentiation and proliferation of
normal cells [13].
Recently, to overcome the main limitation of natural
ECM (i.e., the limited range of the obtainable stiffness), fully
synthetic and covalently cross-linked hydrogels with tunable
stiffness have been developed. In a study reported by Pelham
Jr. and Wang, polyacrylamide gels of variable stiffness were
used for fibroblast cultures [14]. More recently, other synthetic substrates with different 𝐸 values have been utilized
[15, 16] to study the effects of mechanical stimuli on the
growth and differentiation of several cell types.
Here, we propose the optimization of culture conditions
of both liver stem cells and differentiated hepatocytes, using
the cellular models deriving from murine livers that we had
previously established in line livers and widely characterized
both in vitro and in vivo. The Resident Liver Stem Cells
(RLSCs) are immortalized stem cells able to spontaneously
acquire features of hepatocytes within several weeks of
standard culture [17]. A fully differentiated phenotype was
obtained when RLSCs were orthotopically inoculated in
growing livers, where they correctly integrated the liver
architecture, giving rise to both hepatocytes and mesenchymal liver cells [18]. Concerning the lines of immortalized
hepatocytes, they were isolated from livers of both transgenic
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(MMH/E14) [19] and wild-type (WT/3A) mice [20] and are
not tumorigenic, well differentiated, and able to express a
wide range of liver functions and products [21–25].
In the attempt to improve the performance of our cells
in culture we set up a protocol that, taking into account the
stiffness of the substrate, permitted an early and homogeneous differentiation of liver stem cells and, consequently, the
analysis, in a restricted time frame, of the molecular events
involved. In particular, the use of hydrogels of acrylamide and
bisacrylamide with stiffness of 0.4 kPa produced the differentiation of RLSCs into hepatocytes just after 24 hours, whereas
higher matrix stiffness (80 kPa) resulted in a substantial
maintenance of the fibroblastoid phenotype showing only an
initial hepatocyte-specific transcriptional activity. The rapid
acquisition of a hepatocyte-like morphology and of a specific
gene expression profile on 0.4 kPa hydrogels is correlated with
consistent epigenetic modifications on the promoter of the
hepatocyte differentiation master gene HNF4𝛼 and with the
lack of activation of molecular pathways, the latter ones being
known to respond to mechanic stimuli and involved in cell
growth and stemness. Furthermore, the use of a soft hydrogel
also allowed hepatocyte cell lines to assume a full epithelial
morphology and to express the repertoire of epithelial genes
and hepatic functions more effectively, compared to the
traditional culture on plastic.

2. Materials and Methods
2.1. Polyacrylamide Hydrogels. Polyacrylamide hydrogels
with two different stiffness values (0.4 kPa and 80 kPa) were
prepared on 25 mm glass coverslips (Menzel-Glaser, Thermo
Fisher Scientific Inc., MA, USA) using the method described
by Li et al. [26] with small changes. In brief, the glass
coverslips were treated for 1 hour with 0.2 M HCl and washed
four times with water. The same glasses coverslips were
treated for 10 minutes with 0.1 M NaOH and washed in water
four times. 0.5%vv 3-aminopropyltrimethoxysilane (APTMS
97%; Sigma-Aldrich, St. Louis, MO) was added on glass
coverslips for 30 minutes and followed by four water washes.
Next, the coverslips were treated with 0.5%vv glutaraldehyde
in PBS (glutaraldehyde solution 25%; Sigma-Aldrich, St.
Louis, MO) for 1 hour, then washed for 1 hour in water, and
air-dried.
In order to obtain hydrogels with 0.4 kPa and 80 kPa,
we prepared the following mixture (final concentrations): 3%
(for 0.4 kPa) and 16% (for 80 kPa) of Acrylamide (Bio-Rad
Laboratories, Inc., Hercules, CA, USA), 0.06% (for 0.4 kPa)
and 0.96% (for 80 kPa) of N,N -methylene bisacrylamide
(Sigma-Aldrich), 0.1% APS (ammonium persulfate) (SigmaAldrich, St. Louis, MO), and 0.1% of TEMED (N,N,N ,N tetramethylethylenediamine) (Sigma-Aldrich, St. Louis, MO)
in water.
61 𝜇L of this mixture was pipetted on a glass previously
treated with hydrophobic silicon polymer (Rain-X) and a
coverslip of 25 mm (treated as above) was placed upside down
onto the gel droplet. After 30 minutes the coverslip was carefully removed and the polymerized gel in adhesion on it was
washed twice with 50 mM HEPES pH 8, cross-linked using
0.05% Sulpho-SANPAH Photoreactive Crosslinker (Thermo
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Fisher Scientific Inc., MA, USA) in 20 mM HEPES pH 8
under UV365 nm light, and then washed twice with 20 mM
HEPES pH 8.
A thin layer of collagen I (GIBCO Life Technology,
Monza, Italy) was placed on the hydrogels as follows: 1 mL
of collagen 10 𝜇g/mL (in 20 mM acetic acid) was added to the
hydrogel in 35 mm plates. After 1 hour of incubation at room
temperature the solution was aspirated and the hydrogels
were rinsed three times with 1x PBS to remove the acid and
cross-linked under UV365 nm light. The hydrogels were then
washed once with cold water and blocked with 1% ethanolamine (Sigma-Aldrich, St. Louis, MO) in 50 mM HEPES pH
8 for 30 minutes at 4∘ C. Finally, gels were sterilized under
UV light and incubated with serum-free culture media (Dulbecco’s Modified Eagle’s Medium and RPMI 1640; GIBCO
Life Technology, Monza, Italy).
2.2. Cell Cultures. RLSCs [17] were grown in DMEM (Dulbecco’s Modified Eagle’s Medium) (GIBCO Life Technology,
Monza, Italy) with 10% FBS (Sigma Aldrich, St. Louis, MO),
2 mM L-glutamine (Sigma-Aldrich, St. Louis, MO), and antibiotics on collagen I (GIBCO Life Technology, Monza, Italy)
coated dishes (BD Falcon, Franklin LAkes, NJ, USA) and on
0.4 kPa and 80 kPa hydrogels obtained as described above.
Nontumorigenic murine MMH/E14 and WT/3A hepatocytes
[19, 20] were grown in RPMI 1640 with 10% FBS (GIBCO
Life Technology, Monza, Italy), 50 ng/mL EGF, 30 ng/mL IGF
II (PeproTech Inc., Rocky Hill, NJ, USA), 10 𝜇g/mL insulin
(Roche, Mannheim, Germany), and antibiotics, on collagen
I (GIBCO Life Technology, Monza, Italy) coated dishes (BD
Falcon, Franklin Lakes, NJ, USA) and on 0.4 kPa and 80 kPa
hydrogels obtained as described above. 200.000 cells were
seeded on each 25 mm coverslip with hydrogel. The morphological analysis was performed by phase-contrast microscopy.
2.3. Immunofluorescence. Cells were fixed with 4% paraformaldehyde, permeabilized with 0.2% Triton-X-100 in phosphate-buffered saline, and incubated over night at 4∘ C with
the following antibodies: 1 : 50 goat polyclonal anti-HNF4𝛼
(C-19 sc-6556, Santa Cruz Biotechnology, USA), 1 : 50 mouse
monoclonal anti-E-cadherin (610181, BD Biosciences Pharmingen, USA), 1 : 400 rabbit monoclonal anti-Vimentin (27071, Epitomics, USA), and 1 : 50 mouse monoclonal anti-YAP
(sc-101199, Santa Cruz Biotechnology, USA). Secondary antibodies are as follows: anti-goat Alexa Fluor 594, anti-mouse
Alexa Fluor 488, anti-rabbit Alexa Fluor 488, and anti-mouse
Alexa Fluor 594 (all from Molecular Probes, Eugene, OR,
USA), diluted to 1 : 500. The nuclei were stained with DAPI
(Molecular Probes D1306). Preparations were examined
using Nikon Eclipse E600 fluorescent microscope equipped
with a 40x objective and a coolSNAP HQ2 CCD camera
(Photometrics). Digital images were processed with Adobe
Photoshop 7 software (Adobe Systems, Mountain View, CA).
2.4. RNA Extraction, Reverse Transcription, and Real-Time
Polymerase Chain Reaction (RT-qPCR). Total RNA was
extracted with miRNeasy Mini Kit (Quiagen-GmbH, Hilden,
Germany) and reverse-transcribed with iScript cDNA Synthesis Kit (Bio-Rad Laboratories, Inc., Hercules, CA, USA).
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cDNA was amplified by RT-qPCR using Mini Opticon
Real-Time PCR detection system (Bio-Rad) with GoTaq
qPCR Master Mix (Promega, Madison, WI, USA). Relative
amounts were obtained with 2−ΔΔCt method and normalized
to Rpl34.
The list of specific primers is as follows: HNF4𝛼: For
5 -TGCGACTCTCTAAAACCCTTGCCG-3 , Rev 5 -GCCCATGGTCAACACCTGCACA-3 ; Albumin: For 5 -ACAGACCGGAGGGCTTATCT-3 , Rev 5 -TGGTGTAGACAGGTCAGGATGT-3 ; Ttr (Transthyretin): For 5 -GTCCTCTGATGGTCAAAGTC-3 , Rev 5 -CTCCTTCTACAAACTTCTCATCTG-3 ; HNF1𝛼: For: 5 -AGACCATGTTGATCACAGAC-3 , Rev: 5 -GGGTGGAGATAAAAGTCTCG3 ; Apoc3: For 5 -GGACGCTCCTCACTGTGG-3 , Rev 3 CACGACTCAATAGCTGGAG-3 ; E-cadherin (Cdh1): For
5 -CTACTGTTTCTACGGAGGAG-3 , Rev 5 -CTCAAATCAAAGTCCTGGTC-3 ; Snail: For 5 -CCACTGCAACCGTGCTTTT-3 , Rev 5 -CACATCCGAGTGGGTTTGG3 ; Vimentin: For 5 -AGCAGTATGAAAGCGTGGCT-3 ,
Rev 5 -CTCCAGGGACTCGTTAGTGC-3 ; Cyp2b10: For
5 -CAAAGTCCCGTGGCAACTTC-3 , Rev 5 -TCTCCATATTTTTCTCGAAGCTGAA-3 ; and Rpl34: For 5 -GGAGCCCCATCCAGACTC-3 , Rev 5 -CGCTGGATATGGCTTTCCTA-3 .
2.5. Western Blotting. Cells were lysed in Laemmli buffer
1x (Tris 60 𝜇M pH 6.8, 2% SDS, 10% glycerol, and 5% 2-𝛽
mercaptoethanol). Equal volumes of extracts were separated
by SDS-PAGE and transferred to nitrocellulose membranes
(Millipore, MA, USA). Blots were blocked for 1 hour in
5% nonfat milk (Bio-Rad Laboratories, Inc., Hercules, CA,
USA) prepared in TBST 1x and incubated overnight with the
following primary antibodies: 𝛼-ERK1 (K23; 1 : 1000) and 𝛼CDK4 (c-22; 1 : 1000) (Santa Cruz Biotechnology, Inc., CA,
USA), phospho-p44/42 MAPK ERK1/2 (4370; 1 : 1000) (Cell
Signalling Technology Boston, USA), and 𝛼-Vimentin (Clone
V9; 1 : 1000) (Millipore, MA, USA). Blots were incubated with
HRP-conjugated anti-rabbit secondary antibody (Bio-Rad
Laboratories, Inc., Hercules, CA, USA). Immunoreactivity
was detected by Enhanced Chemiluminescence Reaction
(WESTAR NOVA 2011, Cyanagen, Bologna, Italy) following
the manufacturer’s instructions.
2.6. Cell Cycle Analysis. 5 × 105 cells were washed with
PBS, fixed in 4 : 1 methanol : acetone, and incubated with
RNAse A (2 ng/mL) (Sigma-Aldrich, St. Louis, MO) and with
propidium iodide (PI) for 30 min at room temperature. The
DNA content was evaluated by flow cytometry with a FACS
Calibur (BD Biosciences, USA).
2.7. Chromatin Immunoprecipitation (ChIP) Analysis. ChIP
analysis was performed as previously reported [27] by
using 5 𝜇g of the following antibodies: rabbit anti-H3K4me3
(07473), rabbit anti-H3K27me3 (07449), rabbit anti-H3AcK9
(07352), or rabbit IgG as a negative control (12307) (all from
Millipore, MA, USA). 5 ng of immunoprecipitated DNA and
the relative control were used as templates for RT-qPCR
analysis, performed in duplicate. Primers utilized to amplify
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the HNF1/6 consensus on HNF4𝛼 promoter are as follows:
forward 5 -TCCGAAAGACCCAAGTGTGG-3 and reverse
5 -GCCAATCACGTCCCAGATCA-3 .
2.8. Urea Production/Secretion Analysis. Urea production
was analysed in 24 h and 48 h culture supernatants of RLSCs,
MMH/E14, and WT/3A cultured on plastic and on 0.4 kPa
hydrogels. Urea levels were quantified with a colorimetric
urea assay kit (Abnova, CA, USA), according to the manufacturer’s instructions. Fresh culture medium was used as
negative control.
2.9. Statistical Analysis. Data are expressed as the mean
± standard deviation of mean (SD) of three independent
experiments (unless stated otherwise) and Student’s 𝑡-test was
used for statistical analyses. All the tests were two-tailed and a
𝑝 value < 0.05 was considered statistically significant (𝑝 value
< 0.05 = ∗, 𝑝 value < 0.01 = ∗∗, and 𝑝 value < 0.001 = ∗ ∗ ∗).

3. Results and Discussion
3.1. Soft Substrate Promotes a Rapid and Homogeneous Differentiation of RLSCs toward Hepatocytes. Firstly, we explored
the role of substrate stiffness on RLSC self-renewal and
differentiation. To this aim, we plated RLSCs on substrate
of polyacrylamide gel (hereafter referred to as “gels”) with
elastic modulus of 0.4 kPa, matching the intrinsic health liver
stiffness, and of 80 kPa, corresponding to the stiffness of
fibrocirrhotic parenchyma [2]. As control, RLSCs were grown
on the high rigidity substrate of polystyrene dishes (stiffness >
1 GPa). All substrates were coated with type 1 collagen, which
has been proven to facilitate adhesion of both stem cells and
hepatocytes under the standard culture conditions [17, 19].
Since the cell morphology recapitulates the molecular
events controlling specific differentiation programs, we first
evaluated the morphological changes of RLSCs grown on
substrates with different elasticity. The analysis by phasecontrast optical microscopy has revealed that, just after 24
hours of culture on 0.4 kPa gel, cells underwent homogeneous
differentiation acquiring a cuboidal shape, establishing tight
cell-cell interactions, and being arranged in well-defined
epithelial islands surrounding empty spaces (Figure 1(a)).
Differently, cells on 80 kPa matrix, as well as cells cultured
on plastic, grew interdispersed, maintaining a fibroblastoid
shape.
The immunofluorescence analysis confirmed the alternative programs executed by the cells on different stiffness
(Figure 1(b)). RLSCs grown on the low-stiffness matrix
expressed, just after 24 hours and consistently, the liverspecific transcriptional factor HNF4𝛼 in the nucleus and the
epithelial marker E-cadherin at the membrane (reinforced
at 48 hours); at the same time, they lost the expression of
the mesenchymal/stem marker Vimentin. Cells cultured on
higher stiffness (80 kPa and plastic), instead, did not acquire
epithelial/hepatocyte specific markers (only few cells showed
a faint HNF4𝛼 expression) and maintained the expression of
Vimentin.
We excluded that the change in Vimentin fluorescence
signal was due to the different solubility of the protein
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when cells grow on surfaces with different stiffness [28], by
confirming the immunofluorescence data with a western blot
analysis (Figure 1(c)).
A broader analysis of epithelial/hepatocyte and mesenchymal/stemness markers in cells cultured on different stiffness was performed at transcriptional level by RT-qPCR. On a
low-stiffness substrate, the epithelial gene E-cadherin (Cdh1)
and the hepatocyte-specific genes HNF4𝛼, HNF1𝛼, Albumin,
Ttr, and Cyp2b10 had been strongly expressed just after 24
hours and further upregulated at 48 hours (Figure 2(a)); two
additional experiments are shown in Supplementary Figure 1
and the level expression of Cyp2b10 is reported in Supplementary Figure 2A (Supplementary Material available online
at http://dx.doi.org/10.1155/2016/5481493). Coherently, the
mesenchymal/stem markers Vimentin and Snail were found
to be downregulated. On the other hand, the expression of
the same genes in cells grown on high-stiffness substrate was
only slightly modulated compared to the culture on plastic
(Figure 2(a) and Supplementary Figure 1).
Finally, we assessed the differentiation state of RLSCs
grown on soft hydrogel evaluating the ability of these cells
to synthesize and secrete urea in the culture medium; in fact
one of the most important liver functions is the ability to
detoxify ammonia transforming this toxic compound into
urea.
The levels of urea in supernatants of RLSCs grown on
soft hydrogel at 24 and 48 hours were found to be strongly
increased compared to the control (RLSCs grown on plastic)
(Figure 2(b)).
On the whole, these data reveal that RLSCs already
execute an effective program of epithelial/hepatocyte differentiation after 24 hours of culture on a matrix with a low
modulus of elasticity and without specific instructive stimuli.
Conversely, a hydrogel with high stiffness mostly maintains
the RLSC phenotype, delaying the onset of hepatocyte differentiation process.
3.2. Soft Substrate Impacts on Signaling Pathways of Mechanotransduction Involved in Hepatocyte Differentiation. The
causal link between gel rigidity and differentiation is suggested by early modifications of pathways responsive to
extracellular matrix stiffness and involved in stemness/differentiation.
The high ECM stiffness is sensed by the focal adhesions/integrin system and consequently activates ERKs, MAP
kinases playing a crucial role in regulating many cell functions, including the maintenance of stemness and the dedifferentiation of mature epithelial cells [29–31]. Starting from
this evidence, we explored the ERK1/2 activation state in
our experimental conditions by means of the survey of its
phosphorylated form. As shown in Figure 3(a), the sustained
high ERK1/2 phosphorylation levels, observed in RLSCs
grown on stiff gel and in standard conditions, appeared to be
dramatically reduced in cells cultured on soft gel just after 3
hours and at least until 24 hours of culture.
In accordance with the acquisition of the differentiated
phenotype and with the ERK inactivation, the flow cytometry
analysis revealed a significant accumulation in the G1 phase
of the cell cycle of RLSCs grown on low stiffness, compared
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Figure 1: Soft substrate induces a rapid and homogeneous epithelial differentiation of RLSCs. (a) Phase-contrast micrographs of RLSCs
grown on Petri plastic dish (CTRL; 𝐸 > 1 GPa) and on hydrogels with 𝐸 = 0.4 kPa and 80 kPa, for 24 and 48 hours. Images are representative
of three independent experiments. Scale bar: 100 𝜇m. (b) Phase-contrast micrographs and immunofluorescence of cells cultured on plastic
(CTRL), 0.4 kPa and 80 kPa for 24 and 48 hours, stained for HNF4𝛼, Vimentin, and E-cadherin. The nuclei were stained with DAPI. Images
are representative of three independent experiments. Scale bar: 50 𝜇m. (c) Western blot analysis of Vimentin at 24 and 48 hours after seeding
on substrates with the indicated 𝐸 values. CDK4 was used as a loading control.

to stiff gel or plastic (Figure 3(b)), together with a reduction
of the percentage of cells in S phase.
Recently, the identification of the Yorkie-homologues
YAP (Yes-associated protein) and TAZ (transcriptional coactivator with PDZ-binding motif) as nuclear relay of mechanical signals exerted by ECM rigidity and cell shape has been
reported [32].
Moreover, several data associated these transcriptional
factors with the expression of a large number of stemness
genes, establishing a critical role of YAP/TAZ in maintaining
stem cell pluripotency [33, 34]. Interestingly, recent important reports attributed a crucial role to these molecules also
in the liver cell fate: YAP regulates HNF4𝛼 transcriptional
activity during hepatocyte differentiation [35] and its inhibition restores hepatocyte differentiation in advanced HCC
[36]. Moreover, an acute inactivation of Hippo pathway
signaling in vivo, resulting in an elevated YAP activity, has
been proven to dedifferentiate adult hepatocytes and to drive
liver overgrowth and “oval” cell appearance [37]. Starting
from these observations, we analysed the localization of YAP

and, accordingly, we observed a nuclear localization of this
factor when RLSCs were cultivated on plastic or on high
stiffness (where they maintained a fibroblastoid phenotype),
while a clear cytoplasmic localization occurred on soft stiffness (where the cells started their epithelial differentiation
program) (Figure 3(c)). Consistently with YAP localization,
the strong downregulation of its target gene Ctgf [38] was
observed in cells cultured on soft gel (Figure 3(d)).
These results correlate the epithelial/hepatocyte differentiation of RLSCs grown on soft substrate with the cytoplasmic
localization of YAP and with an inactive ERKs signaling,
extending to the liver stem cells what has been observed in
other cell systems concerning the role of ECM stiffness in the
mechanotransduction and cellular behavior.
3.3. Soft Substrate Promotes Early Epigenetic Modifications on
HNF4𝛼 Promoter. Starting from recent reports describing
new relationships between biophysical microenvironment,
mechanotransduction and epigenetic modifications in cell
reprogramming [39–41] and aiming at the identification
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Figure 2: RLSCs grown on soft substrate display epithelial/hepatic gene expression and hepatic function. (a) RT-qPCR analysis for the
indicated genes of RLSCs grown on 0.4 kPa and 80 kPa at 24 hours (left panel) and 48 hours (right panel). Data are expressed as fold change
in gene expression in cells grown on hydrogels versus CTRL (arbitrary value = 1). The graphics are representative of three independent
experiments. Note the logarithmic scale. (b) Urea production in RLSCs. Urea levels in supernatant of cells grown on plastic (CTRL) and on
0.4 kPa hydrogel were analysed at 24 and 48 hours. The mean ± SD of two independent experiments is shown.

of new molecular tools for monitoring and/or inducing a
rapid and efficient hepatocyte differentiation in vitro, we
explored the stiffness-induced chromatin modifications on
the promoter of HNF4𝛼 in our cellular model.
As shown in Figure 4, the activation of the hepatocyte
differentiation program in RLSCs is linked to the early
epigenetic modifications of HNF4𝛼 promoter. In particular,
by ChIP assays, we detected an increase in the level of the
acetylation of lysine 9 of histone H3 (H3K9Ac, known to
be an activating chromatin modification) at the binding site
for the transcriptional activators HNF1 and HNF6 [42], at

48 hours from the cell seeding on soft substrate, compared
to cells grown on plastic. At the same site, and even earlier
(at 24 hours), we have highlighted the increase of histone
H3 Lys4 trimethylation (H3K4me3), a histone modification
associated with active transcription. Conversely, in the same
region, we observed a significant decrease in the level of
histone H3 Lys27 trimethylation (H3K27me3), an epigenetic
modification known to be correlated with a transcriptional
inhibition. This decrease was also observed at 24 hours
after seeding on low stiffness, thus preceding the increase of
H3K9Ac level.
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Figure 4: Differentiation of RLSCs towards hepatocytes correlates
with early chromatin modifications on HNF4𝛼 promoter. qPCR
analysis of ChIP assay performed to quantify H3K9Ac, H3K4me3,
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shows a schematic representation of murine HNF4𝛼 promoter indicating the binding site for HNF1/HNF6 and the relative positions of
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These results are in accordance with the early transcriptional activation of HNF4𝛼 observed in soft substrate
and confirm that matrix stiffness can impact the epigenetic
regulation during stem cell differentiation. Furthermore, the
identification of early chromatin modifications involved in
differentiation of precursor cells can contribute to the development of new protocols of cell reprogramming and differentiation based on the use of small molecules able to inhibit
or activate specific chromatin modifiers, as discussed by Lin
and Wu [43].
3.4. Soft Substrate Efficiently Sustains the Differentiation State
of Cultured Hepatocytes. Obtaining a fully differentiated phenotype of immortalized hepatocytes in culture, together with
the maintenance of differentiation of freshly isolated hepatocytes, represents a further challenge for the cellular biologists.
It has been largely observed, indeed, that a number of liverspecific functions are progressively lost when hepatocytes
are cultivated. These phenotypic modifications are primarily
the result of fundamental changes in gene expression concomitant with a decreased transcription of the relevant liverspecific genes and can be interpreted as a “dedifferentiation”
of the isolated hepatocytes [8]. To investigate whether soft
substrate can sustain or improve the differentiation state of
hepatocytes, we utilized hepatocyte cell lines derived both
from livers of MMH mice (MMH/E14) [19] and from WT
murine livers (WT/3A) [20].
As shown in Figure 5, hepatocytes MMH/E14 (Figure 5(a)) and WT/3A (Figure 5(d)) cultured on 0.4 kPa
acquired a more noticeable and homogeneous epithelial phenotype just at 24 hours after seeding: the cells are organized in
epithelial islands with the typical cobblestone appearance and
delimited sharply bounded empty spaces. Remarkably, hepatocytes showed a significant change in the expression profile
of hepatospecific genes that appeared to be strongly upregulated and a significant downregulation of mesenchymal genes
that were still expressed in cells cultured on plastic (Figures
5(b) and 5(e); levels of expression of Cyp2b10 are reported
in Supplementary Figures 2B and 2C). The detoxification
hepatic function was also analysed evaluating the ability of
hepatocytes to synthesize and secrete urea. In both MMH/E14
(Figure 5(c)) and WT/3A (Figure 5(f)) cell lines grown on
soft hydrogel, the levels of urea production appeared to be
increased compared to the control (hepatocytes grown on
plastic).
Thus, while a lot of liver functions are lost when hepatocytes are cultivated in standard conditions, a large repertoire
of genes for liver products and hepatic functions (e.g., urea
production) can be efficiently expressed and maintained
when the cells are cultivated on soft extracellular matrix.
These results appeared particularly relevant because they
could contribute to the improvement of the reliability of liver
cell lines and to the promotion of the culture of differentiated hepatocytes, allowing the maintenance of a functional
differentiated state.
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Figure 5: Soft substrate improves the differentiation state of hepatocyte cell lines. (a) Phase-contrast micrographs of MMH/E14 hepatocyte
cell lines grown on plastic (CTRL) and on 0.4 kPa hydrogel for 24 and 48 hours. Images are representative of three independent experiments.
Scale bar: 100 𝜇m. (b) RT-qPCR analysis for the indicated genes. Data are expressed as fold change in gene expression in cells grown on 0.4 kPa
versus CTRL (arbitrary value = 1). The graphic represents the mean of three independent experiments ± SD. Asterisks indicate 𝑝 values in
Student’s 𝑡-test (∗ 𝑝 < 0.05, ∗∗ 𝑝 < 0.01, and ∗∗∗ 𝑝 < 0.001). Note the logarithmic scale. (c) Urea production in MMH/E14 hepatocytes. Urea
levels in supernatant of cells grown on plastic (CTRL) and on 0.4 kPa hydrogel at 24 and 48 hours were analysed. The mean ± SD of two
independent experiments is shown. (d) Phase-contrast micrographs of WT/3A hepatocyte cell lines grown on plastic (CTRL) and on 0.4 kPa
hydrogel for 48 hours. Images are representative of three independent experiments. Scale bar: 100 𝜇m. (e) RT-qPCR analysis for the indicated
genes. Data are expressed as fold change in gene expression in cells grown on 0.4 kPa versus CTRL (arbitrary value = 1). The graphic represents
the mean of three independent experiments. ∗ 𝑝 < 0.05, ∗∗ 𝑝 < 0.01, and ∗∗∗ 𝑝 < 0.001. Note the logarithmic scale. (f) Urea production in
WT/3A hepatocytes. Urea levels in supernatant of cells grown on plastic (CTRL) and on 0.4 kPa hydrogel at 48 hours were analysed. The
mean ± SD of two independent experiments is shown.

4. Conclusions
The intent of this work is to contribute to addressing the
pressing needs of cell biology to reproduce in culture, as
closely as possible, the physiological conditions that, in vivo,
sustain the biology of each cell type. In particular, we have
developed a method for the cultivation of liver cells that takes
into account the influence of the rigidity of the substrate.
Indeed, it is now clear that the cultivation of cells on
substrates whose elasticity is too different from that of the
correspondent organ or tissue may alter their gene expression and, consequently, their morphological and molecular
phenotype. The use of hydrogels of acrylamide/bisacrylamide
with a finely adjustable rigidity has allowed us to study the
cells belonging to a soft tissue, such as the liver parenchyma,
in a more mechanically physiologic context. Although the
polyacrylamide gels may interfere with the adhesion of
proteins within the serum or secreted by cells (which might,
otherwise, act as adhesive anchors and, consequently, control
cell behavior), the comparison between cells grown on the
same type of hydrogel but with different stiffness demonstrated the relevance of substrate rigidity in the hepatocyte
differentiation process.

Firstly, by manipulating the stiffness of the substrate,
we were able to induce a quick and efficient hepatocyte
differentiation of stem/precursor cells. This protocol also
allowed analysis and identification, in a restricted time frame,
of the molecular events involved in the early phase of the differentiation process. The identified molecules could represent
useful tools to guide and control the in vitro biological processes, such as differentiation and stemness. In fact, although
the real involvement of liver resident stem/precursor cells
in hepatic regeneration after chronic injury is still debated
[44–49], it remains extremely important to handle in vitro
the differentiation fate of these cells to obtain a source of
functional hepatocytes to be used in protocols of cell therapy
and tissue engineering.
Moreover, the new culture protocol is useful for inducing/restoring a fully differentiated phenotype of hepatocyte
cell lines. This allows giving a new value to the cell lines
as models of their counterparts in vivo. In fact, given the
difficulty in isolating mature hepatic cells from liver explants
and maintaining long term cultures of freshly isolated hepatocytes, the improvement of the methods for the cultivation
of immortalized cells has become an urgent need. The culture
method and the cell lines shown here represent new tools that
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can be useful to carry out studies on liver physiology and to
realize efficient biological modules of bioartificial livers.
Therefore, the rapid amplification of liver cells (obtainable
by standard culture) and their following rapid and efficient
differentiation (obtainable by shifting cultivation on soft
matrix) could represent an innovative method to culture both
progenitor and differentiated liver cell lines.
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Transcription factors are tools repetitively used by the embryo to generate a variety of lineages. Hence, their context of activation
is an important determinant of their ability to specifically trigger certain cell fates, but not others. The context is also consequential
when considering directing differentiation of embryonic stem cells (ESCs). In this study, we sought to assess the context of
pancreatic transcription factor 1a (PTF1a) activation in reference to its propancreatic effects in mouse ESCs (mESCs). We
hypothesized that an enriched endodermal population would respond to PTF1a and trigger the pancreatic program more effectively
than a spontaneously differentiated population. Using an in vitro model of pancreas development that we recently established, we
found that inducing PTF1a in highly enriched definitive endoderm did not promote pancreatic differentiation but induction in
more differentiated endoderm, specifically posterior foregut endoderm, did form pancreatic progenitors. These progenitors never
underwent terminal differentiation to endocrine or acinar phenotype. However, a short 3D culture period, prior to PTF1a induction,
led to the generation of monohormonal insulin+ cells and amylase-expressing cells. Our findings suggest that enriched posterior
foregut endoderm is competent to respond to PTF1a’s propancreatic activity; but a 3D culture environment is essential for terminal
differentiation of pancreatic progenitors.

1. Introduction
ESCs hold great potential in regenerative medicine due to
their unlimited ability to self-renew and differentiate to a
repertoire of lineages and hence have been the focus of many
differentiation studies to obtain transplantable cell types. For
example, making functional 𝛽 cells successfully promises
a cure for Type 1 Diabetes. Definitive endoderm (DE) is
the gastrulation-derived cell population that ultimately gives
rise to the respiratory and digestive tract organs, including
the pancreas. Therefore, efforts to generate functional 𝛽
cells involve directed differentiation of ESCs to DE followed
by stepwise differentiation to pancreatic cells, inspired by
processes from normal pancreatic development.
Several studies have used TGF-𝛽 family molecules such
as Activin A, Nodal, and BMP4 [1–6] or small molecules

[7, 8] that mimic endogenous nodal signaling to specify
endodermal fate in mouse and human ESCs. Transcription
factors that are activated by Nodal signaling include Mixlike homeodomain proteins, Gata zinc finger factors, Sox
HMG domain proteins, and Fox forkhead factors [9]. Many
genes expressed in DE are also expressed in mesoderm,
neuroectoderm, and extraembryonic endoderm (EE). For
example, Foxa2 is expressed in both DE and mesoderm; Sox
17 is expressed in DE and EE, and hence there is no single
marker to identify DE. Nonetheless, the DE population is
marked by the coexpression of FOXA2 [10] and SOX17 [11]
though individually both of these markers are not specific
for DE. Due to heterogeneity in ESC differentiation cultures,
the presence of DE markers and the absence of markers
of nontarget cell types are used to determine DE-enriched
populations. Further differentiation of DE to pancreatic cell
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types has been reported using a cocktail of growth factors,
including FGF10, FGF7, and RA, and inhibitors of key
signaling pathways, including Noggin, KAAD-cyclopamine,
SANT-1, and Alk5 inhibitor [12–16].
However, current ESC to 𝛽 cell differentiation protocols
are limited by low efficiency and generation of immature
polyhormonal cells as well as a formation of not-so-robust
glucose responsive cells [12, 17–21]. This leads us to believe
that some important transcriptional events that are necessary
for proper pancreatic development are missing. PTF1a, a
critical determinant of pancreatic fate, is not rigorously
expressed/is lacking in many of the published differentiation
protocols [12, 13, 18, 20, 22]. The significance of the role of
PTF1a in committing foregut endodermal cells to pancreatic
lineage was elucidated by acquisition of a duodenal fate by
pancreatic progenitors that lacked PTF1a in murine transgenic lineage tracing systems [23]. We have previously shown
that ectopic expression of PTF1a in mouse ESCs can be used
to model pancreas development in vitro and results in the
generation of monohormonal endocrine cells embedded in
exocrine tissue [24]. However, the correct context of PTF1a
signaling that is sufficient to direct differentiation to the
pancreatic lineage has not been investigated in ESCs until
now, and it would be of interest to test if PTF1a signaling
can overcome the deficiencies in the current methods of
differentiation. In this study, we addressed this question using
our in vitro model of pancreas development, wherein PTF1a
was induced in populations of cells exclusively differentiated
to DE or its derivatives.

2. Materials and Methods
2.1. Cell Lines. The generation and characterization of TetPtf1a line that was used in this study are described in [24].
2.2. mESC Maintenance and Differentiation. Tet-Ptf1a ESCs
were maintained in an undifferentiated state on MEF feeder
layers with LIF in DMEM-high glucose with 15% FBS,
100 U penicillin/streptomycin, 2 mM L-glut, 2 mM NEAA,
1 mM Sodium pyruvate, and 0.05 mM 𝛽-mercaptoethanol
and cultured in differentiation media as previously described
[26], with the following modifications. Media compositions
of various differentiation protocols that we tested are enumerated in Table 1. Initial cell seeding density is also indicated
for every protocol. The growth factors are abbreviated as
Activin A (A), BMP4 (B), and bFGF (F) and their respective
concentrations are indicated by the numbers that follow in
ng/mL. To induce PTF1a expression, cultures were exposed
to 1 𝜇g/mL doxycycline (Dox) renewed every 24 hrs for 3
or 4 days as indicated for the individual experiments. Cells
were seeded on two different ECM substrates, Matrigel and
Gelatin, for some of the experiments. Methodology for the
protocol in Figure 8: Cells were seeded at a density of
60,000 cells/cm2 in mESC media containing ROCK Inhibitor
(Y-27632) either on Gelatin or on Matrigel. Cells were
allowed to attach overnight and DE treatment was started
the next day. PTF1a was induced by adding 1 𝜇g/mL Dox
for 4 days overlapping with the end of primitive foregut
endoderm stage (PF) and pancreatic endoderm stage (PE).
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Following the PE stage, cultures were further treated with
Alk5 inhibitor and Nicotinamide (a maturation factor) for
8 days. The source of the growth factors/inhibitors that
were used in these experiments is tabulated in Supplementary Table 3 in Supplementary Material available online at
http://dx.doi.org/10.1155/2016/6939438.
2.3. Quantitative Real-Time PCR. Cells were harvested at
various stages by dissolution and homogenization in 0.5 mL
of Buffer RLT (Qiagen), and RNA was isolated and purified
using Qiagen RNAeasy Mini kits. QPCR was performed
using Applied Biosystems gene expression assays. Assay IDs
are given in Supplementary Table 1. Gapdh was used as an
internal control and the comparative threshold method was
used to quantify transcript abundance.
2.4. Immunofluorescent Staining. Immunostaining was performed as previously described by Kahan et al. [27]. The
antibodies and dilutions are listed in Supplementary Table 2.
Secondary antibodies were 488, 568, and 647 Alexa Fluors
of anti-goat, anti-mouse, anti-rabbit raised in either goat or
donkey. Cells were counterstained with DAPI to mark nuclei.
Coverslips with adherent stained cells were mounted on
glass slides with Prolong Gold Antifade reagent (Invitrogen).
Images were generated using A1R-Si Nikon Confocal or a
Zeiss Axiovert 200M microscope.
Immunofluorescent staining was also used to qualitatively measure expression of key transcription factors during
differentiation. Flow cytometry was not compatible in many
samples involving 3D structures that were hard to digest to
single cells for FACS analysis. Hence, it was decided that
costaining and manual counting method would be used
to quantify all the samples to maintain consistency. After
differentiating mESCs using a multitude of protocols, the
cultures were costained for Foxa2 and Sox17 at the definitive
endoderm stage and for Pdx1 and Nkx6.1 at the pancreatic
endoderm stage. Single expressing and coexpressing cells
were counted for 𝑁 = 3 biological replicates and tabulated
in Table 1. Table 1 also indicates seeding densities, format
of culture plates, and presence of clustered or scattered
expression of markers.

3. Results
3.1. Cell Seeding Density Has a Significant Effect on Definitive
Endoderm Generation. Our published EB-based differentiation protocol that involves culturing mouse ESCs in suspension as embryoid bodies and plating them in 1% SR results in
a heterogeneous culture that has only some cells coexpressing
SOX17 and FOXA2, two markers of DE (Supplementary
Figure 1) [24]. To explore the question of PTF1a induction in
an endoderm context, we pursued generating DE efficiently.
Numerous DE-induction protocols were tested using growth
factors of the TGF-𝛽 family, including Nodal, Activin A,
and BMP4, and small molecules (Table 1). A universal
theme among the various protocols was the impact of cell
seeding density on differentiation outcome. Low cell densities
promoted DE differentiation irrespective of the protocol or
the format of the plate used for cell culture. Adaptation of

Melton protocol in 96
well [7]

Hansson protocol [5]

Xu protocol w/o
Matrigel [17]

Low serum

Bernardo protocol in
monolayer [28]

None

15% FBS, DMEM for 7 days +
1% SR, DMEM for 2 days

EB in 15% FBS [24]

ARPMI + 0.2% FBS + 1%
L-glut-penstep

30%
High 40–50%

>60%
40–50%

IDE 800 nM
IDE 5 𝜇M

>80%

Nodal1000
5000 per 96 well

1000 per 96 well

IDE 800 nM
IDE 5 𝜇M

40–50%
10%
10%

50–60%

>90%

5000 per 96 well

1000 per 96 well

Almost none
Few cells but culture looks
unhealthy
Few cells and culture looks
little better
5–8% copositive cells where
density was low
2-3%
1-2%
1-2%
<1%
10%
3-4%
10%
5%

Nodal1000

A100
KO DMEM + 1x-N2 1x-B27 +
1% L-glut + 1% penstrep + Bme A30
+ NEAA for 5 days
A100
A30

Yes. Sequential/3 d

PTF1a induced/days

No

Yes, (a) overlapping (b)
sequential/3 d

No

Yes, (a) overlapping (b)
sequential/3 d

No
No

Yes, (a) overlapping (b)
sequential/3 d

No
No
No
No
No
No
No
No

Yes. Sequential/3 days

Very few and cells unhealthy
5% copositive cells around Yes. Sequential/3 days
the edges of colonies

Cell seeding number/culture
Sox17+ Foxa2+ cells
format
10%- EB7+2
25%- EB7+4
6
3 × 10 cells in 60 mm dish
Not all EBs have copositive
cells

DMEM (Iscove’s modified DM
A100B10 for 3 days
plus Ham’s F12 medium at a 1 : 1
A100B10 for 3 days + A100 for 2 500,000 per 24 well
ratio), L-Glut, BSA 5 g/L, lipids
days
1x, 2x ITS, BME 1x.
0.5% serum, DMEM, 1% L-glut, A100B10 for 3 days
A100B10 for 3 days + A100 for 2
1% penstrep
days
500,000 per 24 well
A100B10 for 3 days
2% serum, DMEM, 1% L-glut,
1% penstrep
A100B10 for 3 days + A100 for 2
days
A100F100B10
A100F100B50
300,000 per 24 well
A100B10
DMEM high glucose, 2 g/L
A100B50
BSA, 1% penstrep, 1% L-Glut
A100F100B10
A100F100B50
100,000 per 24 well
A100B100
A100B50

Growth factor conc.

Media

Protocol

(a) Scattered cells (b)
No
(a) No (b) Scattered
cells

(a) No (b) 15 cell
clusters with 20–100
cells each
(a) and (b) No

Yes, (a) scattered
cells (b) scattered
Yes, scattered cells

None

None

Did not see
Pdx1+ cells on
prolonged culture

None
None
None
None
None
None

None

None

None
None

None

None

None

Yes

Pdx1+ cells on
prolonged culture

None

2 clusters (50 cells
each)

None

Begin to see at EB7+7

Pdx1+ cells

Table 1: Summary of the experimental procedure and results of several endoderm differentiation protocols that were tested on the Tet-Ptf1a cells indicating the degree of differentiation to
definitive endoderm, Pdx1+ cells, and Nkx6.1+ cells.
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Media

ARPMI + 0.2% FBS + 1%
L-glut-penstep

ARPMI + 0.2% FBS + 1%
L-glut-penstep on Matrigel

Definitive endoderm: Activin A
(50 ng/mL) or Nodal
(1000 ng/mL) in 0.2% FBS in
ARPMI for 4–6 days
Primitive gut tube: FGF10
(50 ng/mL), KAAD-cyc
(0.25 𝜇M) in 2% FBS in ARPMI
for 2 days
Pancreatic endoderm: FGF10
(50 ng/mL), KAAD-cyc
(0.25 𝜇M), RA (2 𝜇M) in B27
DMEM for 4 days
PTF1a induction for 4 days in
B27 DMEM or 1% SR for
Additional culture for 4 more
days in same media

Protocol

Melton protocol on 24
well

Melton protocol on 24
well w Matrigel

Melton modified
(obtained from [7])

A100

Nodal1000

IDE 800 nM

IDE 800 nM

Growth factor conc.

Table 1: Continued.

2000 per 96 well fed every
other day

7500
No

No

Yes/3 d
Yes/3 d
No

PTF1a induced/days

Activin ∼70%. Nodal:
80–90%.
After treatment with further Yes.
factors, some Pdx1 seen in
Sequential/4 d
nodal cultures before PTF1a
induction

1%

25%

Cell seeding number/culture
Sox17+ Foxa2+ cells
format
7500 per 24 well
10%
15000 per 24 well
5%
25%

Activin A: Yes,
scattered Pdx1+ cells
Nodal-yes, Pdx1 in
bud-like clusters.

None
None

Pdx1+ cells

Nkx6.1
expression was
seen in some of
Did not see Pdx1 the Pdx1+ cells
on culturing for 4 but these cells did
not become
more days
insulin+ even on
ra + nic
treatment.

Pdx1+ cells on
prolonged culture
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FAB protocol [17], originally devised for hESCs, to mESC
differentiation on 24-well plates was more effective in generating DE at an initial cell seeding of 100,000 cells/well
versus 300,000 cells/well (corresponding to a cell density of
∼50,000 cells/cm2 and ∼150,000 cells/cm2 , resp.), as evaluated
by Foxa2, T, and Sox17 transcripts, and staining for FOXA2
and SOX17 (Table 1). AB10 (Activin 100 ng/mL and BMP4
10 ng/mL) and FAB10 (bFGF 100 ng/mL, Activin 100 ng/mL,
and BMP4 10 ng/mL) conditions produced significantly
more Foxa2, T, and Sox17 transcripts in cultures seeded
with 100,000 cells/well than their counterparts seeded with
300,000 cells/well (Figure 1(a)). Similarly, another protocol
by Hansson et al. [5] utilizing Activin A in a defined N2B27
medium was more successful in 96-well plates at a lower
cell density of 1000 cells/well (∼3000 cells/cm2 ) compared
with 5000 cells/well (15000 cells/cm2 ). This pattern was,
again, observed for two different concentrations of Activin
A (Figure 1(b)). Immunofluorescent costaining for FOXA2
and SOX17 was consistent with the transcript profile showing
that cultures with low starting cell density formed more DE
than high density cultures. Moreover, SOX17+ FOXA2+ cells
were always observed at the edges of the colonies (Figure 1(c))
possibly suggesting that DE formation requires less cell-cell
contact.
3.2. Inducing PTF1a in Monolayer Endodermal-Derived Cells
Generated Pdx1+ Nkx6.1+ Pancreatic Progenitors. Achieving
DE differentiation from mESC monolayer cultures has been
challenging with low yields and poor cell survival. Tet-Pt1a
mESCs were subjected to several DE differentiation protocols
that were published over the course of several years. Initial
protocols that were tested had very low efficiency of forming
S0X17+ FOXA2+ cells. Subsequent protocols made modifications to the basal media and additives and/or concentration of
growth factors and reported improved DE formation [5, 17],
and these also led to robust DE generation by the Tet-Ptf1a
cells. The results of these protocols are summarized in Table 1.
Treatment with Activin A, Nodal, and IDE1 gave rise to DE
as marked by SOX17+ FOXA2+ cells (Supplementary Figure
1) and ECADH+ FOXA2+ cells and some ECADH− FOXA2+
mesodermal cells (Supplementary Figure 2) at differing
frequencies. Nodal was the most effective in converting
the majority of cells to DE as indicated by the number of
SOX17+ FOXA2+ and ECADH+ FOXA2+ cells. Ectopic PTF1a
expression was induced in DE obtained from many of these
protocols to test the hypothesis that PTF1a activity triggers
the pancreatic developmental program more efficiently in an
endoderm enriched population compared to spontaneously
differentiated EB cultures and ultimately leads to enhanced
pancreatic differentiation. Pdx1 activation was designated as
the first landmark of pancreatic differentiation, in particular
pancreas specification of the naı̈ve endoderm. A short PTF1a
induction for 3 days (1 𝜇g/mL Dox addition), either sequentially following DE generation or overlapping with the last
2 days of DE generation, was performed. PDX1 expression
was evaluated shortly after (ranging from 3 to 4 days) PTF1a
induction. Scattered Pdx1+ cells were found in cultures that
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were grown using the Hansson protocol [5], whereas nodalgenerated DE [7] produced Pdx1+ bud-like clusters after
sequential PTF1a induction (data not shown). However, when
these cultures were analyzed a week later, PDX1 expression
was absent (results compiled in Table 1). These observations
suggested that unpatterned SOX17+ FOXA2+ DE population
does not have the right cellular context to respond to PTF1a
activity.
Hence, we pursued further differentiation of naı̈ve endoderm into primitive gut (PG) and posterior foregut endoderm
(PF) (modified Melton protocol) to establish the right cell
types before inducing PTF1a. Activin A (50 ng/mL) or Nodal
(1000 ng/mL) in low serum media was used to generate
endoderm. DE markers, Sox17 and Foxa2, were significantly
upregulated in both Activin A- and Nodal-DE compared to
control cultures (cells that did not receive growth factors but
were cultured in the same base media indicating spontaneous
differentiation) (Figure 2(a)). Activin A- and Nodal-DE had
more SOX17+ FOXA2+ cells than control cultures, and the
control cultures also had large numbers of SOX17− FOXA2+
mesodermal cells (Figure 2(b)). As these two transcription
factors are also present in extraembryonic endoderm (EE),
it is important to determine the expression of Sox7, a
marker of EE. Notably, Sox7 expression was reduced in DE
cultures. In addition, Sox1, a regulator of ectoderm lineage,
and Meox1, an indicator of mesoderm differentiation, were
significantly lower in Activin A- and Nodal-DE than in
controls (Figure 2(a)). After subsequent differentiation to PG
and PF, cultures were analyzed for markers of PF. There were
significantly higher levels of Hlxb9 and Hnf6 transcripts in
Activin A-PF (𝑃 < 0.05 and 𝑃 < 0.001, resp.) and NodalPF (𝑃 < 0.01 and 𝑃 < 0.001, resp.) compared to control
cultures that did not receive any growth factors. Hnf4a, a
liver progenitor maker, was downregulated in both Activin
A-PF and Nodal-PF cultures indicating that they have been
specified to the pancreatic lineage (𝑃 < 0.01). Hnf1B and
Pdx1 were significantly elevated in the Nodal cultures (𝑃 <
0.05) (Figure 3(a)). Immunofluorescent staining of Nodal-PF
cultures confirms the gene expression profile (Figure 3(b)).
PDX1+ areas, however, were very few and typically appeared
as a subset of HNF6+ domains (Figure 3(b)).
FGF10 is involved in the proliferation of pancreatic progenitors [29, 30] and in the maintenance of PTF1a expression
in the dorsal pancreatic bud [31]. Therefore, we treated the
Activin A-PF and Nodal-PF with FGF10 during the induction
of PTF1a. PTF1a induction in both Activin A-PF and NodalPF cultures resulted in many PDX1+ NKX6.1+ areas. For
example, larger domains of PDX1 expression containing small
clusters of NKX6.1+ cells can be seen (Figure 4(a)). Nkx6.1
is initially expressed in the pancreatic epithelium, but it is
a marker of the trunk domain that is poised to become
endocrine/duct lineage at later stages. Next, we wanted to
investigate whether the formation of pancreatic epithelium
was specific to the PTF1a-induced cultures or was caused
by FGF10. Nodal-PF cultures that were induced with Dox
but not treated with FGF10 also gave rise to PDX1+ NKX6.1+
cells, though lower in number than combined treatment
(Figure 4(b), top row). More importantly, Nodal-PF cultures
treated with FGF10 alone did not produce any NKX6.1+
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N2B27 A30 1000
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(c)

Figure 1: Cell seeding density influences definitive endoderm generation. (a) Cultures seeded with two different mESC densities (100,000
cells/well or 300,000 cells/well of a 24-well plate) were subjected to a 3-day endoderm differentiation protocol containing 100 ng/mL bFGF,
100 ng/mL Activin A, and 10 ng/mL or 50 ng/mL of BMP4. (b) Cells cultured using another endoderm protocol containing Activin A
100 ng/mL or 30 ng/mL for 5 days in N2B27 but seeded with two starting cell densities (1000 cells/well or 5,000 cells/well of a 96 well plate).
Relative mRNA expression of Sox17, T, and Foxa2 indicates low densities led to higher expression of DE markers. 𝑁 = 2. Data are presented as
mean ± SEM. Asterisks indicate 𝑃 values on comparison with corresponding high density cultures: ∗ 𝑃 < 0.05, ∗∗ 𝑃 < 0.01, and ∗∗∗ 𝑃 < 0.001
determined by one-way ANOVA with Tukey’s multiple comparison test. (c) Immunofluorescent costaining for FOXA2 and SOX17 confirms
that cultures that started with low cell density (N2B27 A30 1000) had higher numbers of FOXA2+ SOX17+ definitive endoderm than cultures
seeded with high density (N2B27 A30 5000). Images at 5x. Higher magnification inset to indicate coexpression at the cellular level. Scale bars,
200 𝜇m.

cells (Figure 4(b), second row). These results suggest that
PTF1a induction is important to generate a true pancreatic
epithelial progenitor phenotype (PDX1+ NKX6.1+ ), and that
it acts synergistically with FGF10. Above all, it is to be
noted that inducing PTF1a in the non-Nodal-PF cultures (i.e.,

not endodermal enriched cultures) resulted in a few small
isolated PDX1+ clusters and wide-spread scattered NKX6.1
expression (Figure 4(b), third row) with the PDX1+ cells
expressing NKX6.1 but with many NKX6.1+ PDX1− cells as
well. These NKX6.1+ PDX1− cells are not pancreatic and could
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Figure 2: Markers of DE are highly expressed in Nodal and Activin A treated cells, whereas markers of other lineages, including ectoderm,
mesoderm, and extraembryonic endoderm are repressed. (a) DE markers, Sox17 and Foxa2, are upregulated in contrast to the genes of other
germ layers, ectoderm (Sox1), mesoderm (Meox1), and extraembryonic endoderm (Sox7) in Nodal and Activin A treated cultures. 𝑁 = 3. Data
are presented as mean ± SEM. Asterisks indicate 𝑃 values on comparison with no-growth factor treated (No-GF) control cultures: ∗ 𝑃 < 0.05,
∗∗
∗∗∗
𝑃 < 0.01, and
𝑃 < 0.001 determined by one-way ANOVA with Tukey’s multiple comparison test. (b) Activin A and Nodal treatment
lead to substantial number of FOXA2+ SOX17+ cells, whereas the No-GF control cultures generate FOXA2+ SOX17− populations. Scale bars,
100 𝜇m.

potentially be of neural lineage, as shown by elevated levels
of Sox1 in control (no growth factor treated) cultures early in
differentiation (Figure 2(a)). In other words, PTF1a activity in
an endodermal context, specifically in prepatterned posterior
foregut endoderm, improves the formation of pancreatic
progenitor cells compared to induction in spontaneously
differentiated cultures.
3.3. Differentiation to Adult Pancreatic Cell Types Is Enhanced
by 3D Culturing in the DE/PE Stage. On further differentiation of monolayer cultures of PTF1a-induced Activin
A/Nodal-PF, we did not observe a concomitant increase
in terminally differentiated pancreatic cell types, including
insulin+ , glucagon+ , somatostatin+ , or amylase+ cells; in
fact, only rare insulin+ cells were found. Monolayer cultures, though homogenous, lack complex morphogenesis and
paracrine signaling present in 3D cultures [32, 33] and hence
may not be the optimal way to direct differentiation efficiently
into adult cell types. While testing monolayer differentiations
on two different ECM substrates, Gelatin or Matrigel, using
a protocol adapted from Sneddon et al. [25] (Figure 5),

we observed an interesting phenomenon. Floating EB-like
subpopulations emerged in both DE and PG stages from
Gelatin-coated dishes. These spheres arose only from Gelatincoated dishes possibly due to differences in integrin signaling
mediating cell-ECM interactions on those two substrates. It
has been shown that E-cadherin is more stable in cells on
Matrigel than on Gelatin resulting in more stable attachment
to Matrigel [34]. Serendipitously, the floating spheres were
collected, replated, and differentiated as per the protocol till
the end stage.
It is to be noted that the two ECMs differed in their
propensities to generate DE: cells seeded on Gelatin expressed
significantly more Foxa2 than ones seeded on Matrigel,
whereas Sox17 expression was comparable between the two
groups (Supplementary Figure 3). PTF1a was induced for
4 days overlapping with the end of PF stage and the
beginning of pancreatic endoderm (PE) differentiation as
shown in Figure 5. Cells were further cultured for 8 days in
Alk5 inhibitor and Nicotinamide, and terminal differentiation to adult pancreatic cell types was assessed. Transcript
profiles of endocrine hormones, namely, Insulin, Gcg and
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Figure 3: Analysis of mESC-derived posterior foregut endoderm. (a) Posterior foregut endoderm markers, Hlxb9, Hnf6, Hnf1b, and Pdx1,
were significantly higher in Nodal- and Activin-derived cultures than in no growth factor treated (No-GF) control cultures. On the other
hand, Hnf4a that is expressed in liver progenitors was reduced. 𝑁 = 2-3. Data are presented as mean ± SEM. Asterisks indicate 𝑃 values
on comparison with No-GF control cultures: ∗ 𝑃 < 0.05, ∗∗ 𝑃 < 0.01, and ∗∗∗ 𝑃 < 0.001 determined by one-way ANOVA with Tukey’s
multiple comparison test. (b) Immunofluorescent staining of Nodal-derived posterior foregut endoderm cultures indicates the expression of
the above-mentioned markers at the single-cell protein level. Pdx1 is expressed in Hnf6-expressing cells. Scale bars, 100 𝜇m.

Sst, and exocrine digestive enzyme, Amy2a, were analyzed
in the different cultures. Upon induction of PTF1a, subpopulations that were in suspension (floating) in DE or
PG stages (Suspension-DE/Suspension-PG) expressed more
endocrine- and exocrine-specific genes than those that were
differentiated throughout in adherent cultures (Figure 6).
Suspension-DE group had the maximum level of Insulin, Gcg,
and Amy2a, whereas Suspension-PE group had maximum
Sst expression (Figure 6). Cultures that were in suspension
for a brief period of time responded better to PTF1a activity
and showed enhanced terminal differentiation. Among the

adherent cultures, we found that Gelatin performed better
than Matrigel as an ECM substrate in the differentiation of
Dox-treated cells as judged by significantly higher expression
of Amy2a, Gcg, Sst, and Insulin. Matrigel, however, seemed
to promote the expression of endocrine transcripts in uninduced cultures (Supplementary Figure 4).
In concert with gene expression, staining for amylase- and
hormone-expressing cells (antibody cocktail against insulin,
glucagon, and somatostatin) also revealed extensive differentiation of PTF1a-induced Suspension-DE/Suspension-PG
cultures to both endocrine and acinar lineage (Figure 7,
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Figure 4: PTF1a induction in combination with FGF10 led to the formation of pancreatic epithelial progenitors. (a) Both Nodal and Activin
A derived posterior foregut endoderm generated PDX1+ NKX6.1+ pancreatic progenitors on induction of PTF1a along with FGF10 treatment.
Uninduced cultures did not have any such copositive area (data not shown). (b) Nkx6.1 and Pdx1 copositive pancreatic progenitors were unique
to PTF1a induced cultures (top and bottom row). FGF10 was not necessary to generate PDX1+ NKX6.1+ population, although it increased the
numbers of such progenitors (top row). Notably, FGF10 alone did not produce any NKX6.1+ cells (middle row), and hence PTF1a induction
is essential for the formation of this pancreatic progenitor population. Arrowheads indicate PDX1 and NKX6.1 double positive costained
population. Arrows indicate PDX1 single positive cells. Scale bars, 100 𝜇m.
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ARPMI + 2% FBS for 2 days
Primitive
gut

Dox at 1 𝜇g/mL
for 4 days

50 ng/mL FGF7 + 0.25 𝜇M SANT + 2 𝜇M RA in
DMEM + B27 for 4 days

Primitive
foregut
endoderm
50 ng/mL FGF7 + 0.25 𝜇M SANT + 100 ng/mL
Noggin in DMEM + B27 for 4 days
Pancreatic
endoderm
1 𝜇M Alk5 inhibitor + 10 mM Nic in
DMEM + B27 for 8 days
Endocrine
progenitors

Islet cells

Figure 5: Pancreatic differentiation protocol adapted from Sneddon et al. [25]. Cells were seeded at a density of 60,000 cells/cm2 either on
Gelatin or on Matrigel. PTF1a was induced by adding 1 𝜇g/mL Dox for 4 days overlapping with the end of primitive foregut endoderm stage
(PF) and pancreatic endoderm stage (PE). Following the PE stage, cultures were further treated with Alk5 inhibitor and Nicotinamide (a
maturation factor) for 8 days and analyzed for markers specific to adult pancreatic cell types.

middle and lower rows). Qualitatively, it appeared that
the Suspension-DE cultures produced more endocrine and
acinar cells than Suspension-PG cultures. High magnification
images of Suspension-DE cultures demonstrated that the
amylase+ and the hormone+ cells were distinct (Figures 8(a)
and 8(b)) and that the insulin+ cells in the cultures do not
express glucagon (Figure 8(c)), while most express nuclear
PDX1 (Figure 8(d)).
There was another difference in the way the suspension
and the adherent cultures were treated. To enable reattachment, the floating EB-like population was plated in 15% FBS
overnight and subjected to subsequent steps in the differentiation protocol as usual. Thus, to rule out that transient
serum exposure might be the cause for enhanced pancreatic differentiation, a control experiment was performed
where the adherent cultures received overnight serum-bolus
mimicking the period of attachment of the floaters. mRNA
expression analysis from these cultures (adherent DE/PG)
did not show comparable expression of Amy2a, insulin, Gcg,
or Sst transcripts as the cultures that underwent suspension
culturing (Supplementary Figure 5) and immunofluorescent
staining (data not shown) confirmed these results, suggesting
that the physical state of suspension was responsible for the
enhanced pancreatic differentiation that we observed.

4. Discussion
The pancreas is an organ of endodermal origin, arising from
a narrow Shh signaling-excluded region in the posterior
foregut endoderm. Therefore, the context of expression of key
pancreatic transcription factors (PDX1 and PTF1a) involved
in pancreas specification is extremely unique and is important for the successful activation of the pancreatic program.
Previously we have shown that ectopic expression of PTF1a
in EB-based cultures leads to the formation of all pancreatic
lineages: endocrine, acinar, and duct cells. In particular,
in vitro cultures recapitulated major morphological and
molecular events that occur during pancreas organogenesis.
In these studies, we hypothesized that induction of PTF1a
in an enriched endodermal context would lead to better
pancreatic differentiation and that PTF1a could potentially
be the missing element in the current 𝛽 cell differentiation
protocols that fail to generate monohormonal insulin+ cells.
To this end, we generated DE using numerous published
protocols as illustrated in Table 1. Many of these protocols
showed abysmal performance with low efficiency and/or low
cell viability. In contrast to the efficient differentiation of
hESC to DE in monolayers using high Activin A and low
serum supplementation, mESCs have proven to be rather
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Figure 6: A short 3D culture period at the beginning of differentiation promotes PTF1a-induced pancreatic differentiation. Populations that
formed EB-like floating bodies either in DE or in PG stage, when replated and subjected to the differentiation protocol, expressed significantly
more Amy2a (a), Insulin (b), Sst (c), and Gcg (d) transcripts than those cultures grown as monolayers throughout. Growing in suspension
also improved endocrine differentiation in general (Suspension-DE No dox and Suspension-PG No dox) indicated by elevated Insulin, Sst,
and Gcg transcripts. 𝑁 = 3. Data are presented as mean ± SEM. Asterisks indicate 𝑃 values on comparison with Gelatin-No Dox cultures:
∗
∗∗∗
†
†††
𝑃 < 0.05,
𝑃 < 0.001, and Obelisks indicate 𝑃 values on comparison with Gelatin-Dox cultures: 𝑃 < 0.05 and 𝑃 < 0.001 determined
by one-way ANOVA with Tukey’s multiple comparison test.

difficult [1, 3–5, 16]. During our various trials, we observed
a common trend: cell seeding density influenced the success
of endoderm generation. Cultures that started with low cell
densities differentiated to DE more readily than ones with
high densities. Our findings correlate well with similar observations that low cell densities promoted RA-induced PDX1

expression in hESCs in culture [35], where cell-cell contact
was found to be inhibitory for pancreatic differentiation. It
has also been shown that mESCs grown at high densities
have their 𝛽-catenin pool localized at the plasma membrane
[36] and membrane association of 𝛽-catenin with Oct4/Ecadherin is associated with pluripotency [37]. These studies
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Amylase

Figure 7: Cultures that were in suspension during either DE or PG stage when induced with PTF1a showed enhanced differentiation to
pancreatic cell types. Confocal Z-stacks images at low magnification shown along with DAPI to demonstrate the extent of differentiation
between conditions. Susp-DE Dox and Susp-PG Dox cultures had large numbers of Amy+ and Horm+ cells compared to No Dox cultures
and attachment cultures (data not shown). Susp-DE Dox cultures had more Amy+ and Horm+ cells than Susp-PG Dox cultures. High
magnification insets are shown to indicate cytoplasmic staining of hormones and amylase. Scale bars, 50 𝜇m.

imply that high cell densities may even inhibit differentiation in general. On the contrary, recent reports show
contradictory outcomes; high densities promoted pancreatic
differentiation [38, 39]. Nonetheless, high/low is a relative
term: the seeding density in high density cultures (100,000
cells/cm2 ) in the study by Chetty et al. [39] was midway
between low and high density cultures in our experiment
(Figure 1(a)) and hence suggests a normal relationship (bellcurve) between seeding density versus DE formation.
Induction of PTF1a in naı̈ve monolayer DE
(SOX17+ FOXA2+ ) populations resulted in only rare Pdx1+

cell clusters that were more prominent in Nodal-derived
than Activin A-derived DE. It has been suggested than
Nodal-derived DE is competent for morphogenesis and
organ specification, and hence Nodal is a more relevant
molecule for ESC differentiation [6]. But these cells never
activated the expression of downstream pancreatic genes,
indicating that unpatterned endoderm is not a sufficient
context for PTF1a activity. Hence, we differentiated the
monolayer DE further to PF and then induced the expression
of PTF1a. Importantly, inducing PTF1a in the PF population
permitted the generation of PDX1+ NKX6.1+ pancreatic
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Figure 8: High magnification images of Suspension-DE Dox cultures. (a, b) Horm+ and Amy+ cells are intermingled with each other. In
particular amylase and hormone expression are cytoplasmic and do not overlap. (c) Insulin+ cells are mostly monohormonal but comingled
with glucagon+ cells. (d) Insulin+ cells express PDX1 in the nucleus. Inset shows higher magnification to indicate nuclear PDX1 in insulin+
cells. Arrows point to many insulin+ cell clusters that have nuclear PDX1. Scale bars, 50 𝜇m.

progenitors. FGF10 was found to increase the numbers of
PDX1+ NKX6.1+ cells synergistically with PTF1a activity, and
FGF10 alone produced isolated PDX1+ cells that did not
express NKX6.1. Thus, we have demonstrated the necessity of
PTF1a expression in the posterior foregut endoderm cells in
order to acquire a true pancreatic fate. However, PF-derived
PDX1+ NKX6.1+ cells in these cultures did not undergo
terminal differentiation. This could be attributed to several
factors, one of them being the presence of FGF10 as FGF10
has been shown to force progenitor arrest maintaining them
in a proliferative state and abolishes terminal differentiation
[30, 40].
While differentiating mESCs in monolayers, we observed
some cells spontaneously detaching from the plate and
forming floating EB-like populations in suspension especially during the DE and PG stages. Collecting, replating,
inducing PTF1a, and differentiating these populations led
to considerable adult pancreatic cell types in the cultures,
including acinar and hormone-expressing cells. Cells that

were in suspension during the DE stage most efficiently
generated pancreatic cells. In addition, the insulin+ cells
that were produced expressed nuclear PDX1 and did not
coexpress glucagon suggesting that they represent mature 𝛽
cells. Growing cells in suspension for a short period of time,
somehow, enhanced the potential of PTF1a-induced mESCs
to progress toward terminal differentiation. 3D aggregates
of ESCs or ESC-derived cells possess complex assembly
of cellular adhesions, essential for morphogenesis and juxtacrine/paracrine signaling, which are missing in monolayer
cultures [32, 33]. Furthermore, additional “inductive” cell
type(s) from other germ layers may be generated in 3D
cultures that are essential for proper pancreas development.
Moreover, EB-based mESC cultures have been differentiated
into DE more successfully than monolayer mESCs [2, 41],
with maximum DE markers peaking at Day 4. However,
EBs also express SHH, an inhibitor of pancreatic fate, from
Day 7 [42]. The findings from these studies could be used
to explain our results: cells that are in suspension in both
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Activin A and in low serum differentiate efficiently to DE
and are subsequently plated before SHH induction thereby
circumventing pancreatic inhibition. Moreover, the plated
EB-derived cells are exposed to SANT-1, a SHH signaling
inhibitor, in the PG stage reinforcing the elimination of SHH
activity.

5. Conclusions
In essence, we have demonstrated that PTF1a activity in
an endodermal context, specifically in patterned posterior
foregut endoderm, improves the formation of pancreatic
progenitor cells in mESCs. Additionally, we found that cell
density and ECM substrate affect the output of DE and
pancreatic cell types. Above all, PTF1a induction in combination with suspension culture formats significantly enhanced
differentiation to all adult pancreatic cell types, including
insulin+ cells that were monohormonal. This study asserts
the importance of PTF1a expression in highly enriched
endodermal-derived populations to drive the differentiation
of ESCs to 𝛽-like cells efficiently.
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Genetic manipulation is a powerful tool to establish the causal relationship between a genetic lesion and a particular pathological
phenotype. The rise of CRISPR/Cas9 genome-engineering tools overcame the traditional technical bottleneck for routine sitespecific genetic manipulation in cells. To create the perfect in vitro cell model, there is significant interest from the stem cell
research community to adopt this fast evolving technology. This review addresses this need directly by providing both the up-todate biochemical rationale of CRISPR-mediated genome engineering and detailed practical guidelines for the design and execution
of CRISPR experiments in cell models. Ultimately, this review will serve as a timely and comprehensive guide for this fast developing
technology.

1. Introduction
Genome-engineering tools facilitate site-specific DNA deletions, insertions, inversions, and replacements. These manipulations of the complex eukaryotic genome help researchers
understand the function of genes in a given cellular context,
explore the mode of gene regulation at the endogenous locus,
and, most importantly, model human disease conditions
using in vitro cellular models or in vivo model organisms.
Since the emergence of designer nucleases based on
DNA base recognition by modular protein motifs, such as
Zinc Fingers in Zinc Finger Nucleases (ZFNs) [1–3], as
well as TALE domains in transcription activator-like effector
nucleases (TALENs) [4, 5], site-specific DNA manipulations in eukaryotic cells have passed a critical efficiency
and specificity threshold to enable routine applications in
a laboratory. The recently developed, explosively popular
CRISPR/Cas9 (clustered regularly interspaced palindromic
repeats/CRISPR-associated) genome-engineering system has
transformed discovery in this exciting era. CRISPR/Cas
was first discovered in prokaryote adaptive immunity [6–
8] and has now been more extensively adapted for eukaryotic genome engineering than ZFNs and TALENs [9]. The

most widely utilized class, the type II CRISPR/Cas9 system
from Streptococcus pyogenes, offers users the greatest ease
and modularity for design and execution of any genomeengineering experiments [10–13]. However, limitations and
common practical pitfalls of the CRISPR/Cas9 system have
not been sufficiently and systematically summarized and
emphasized for the emerging population of potential users,
in large part due to the great enthusiasm accompanying the
system’s amazing rise in popularity.
In this review, practical issues associated with the design
and execution of a typical CRISPR experiment will be discussed, especially in the context of modeling human diseases
using stem cells. Due to the limitation of the current scope,
this paper will discuss neither earlier designer nucleases
(ZFNs and TALENs) nor applications of CRISPR on model
organisms, although similar rationale and general principles
discussed in the following sections would also apply to these
applications.

2. The Discovery of CRISPR/Cas System
The CRISPR system was first discovered in bacteria as an
“adaptive immune system” against plasmids, viral DNA, or
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RNA [6–8]. This “memory system” can destroy DNA or RNA
if reinfection occurs in the same bacteria or in its descendants
[14–19]. Three types of CRISPR loci exist, all of which acquire
short pieces of DNA called spacers from foreign DNA elements [20]. Spacers are integrated into the bacterial genome
during the process of CRISPR adaptation. They are usually
inserted into the CRISPR locus that contains short, partially
palindromic DNA repeats to form loci that alternate repeated
elements (CRISPR repeats). These loci are subsequently transcribed and processed into small interfering RNA that guides
nucleases for sequence-specific cleavage of complementary
sequences. Through these stepwise but continuous evolutions
of adaptation, CRISPR repeat RNA (crRNA) biogenesis and
foreign DNA targeting generated sophisticated CRISPRbased adaptive immune systems in nearly half of the bacterial
species, as well as in most archaea [21].
The sequence in the exogenous nucleic acid element corresponding to a CRISPR spacer was defined as a protospacer
[22]. For proper targeting by type I and II CRISPR systems,
the protospacer is usually flanked by a system-specific, highly
conserved CRISPR motif, namely, a protospacer adjacent
motif (PAM) [23]. Most PAMs are typically 2 to 5 highly
conserved nucleotides, either on the 5 end of protospacer
(type I system) or on the 3 side (most type II systems). A
significant feature of the PAM for the CRISPR system is to
distinguish the foreign DNA against the host genome; thus,
only the PAM-bearing invading sequence will be targeted for
destruction.

3. Different Classes of CRISPR/Cas
Among the three different types of CRISPR loci, type I and
III loci involve a complex panel of multiple Cas proteins
that form ribonucleoprotein (RNP) complexes with CRISPR
RNA to target foreign sequences [15]. However, the type II
CRISPR system uses a much smaller number of Cas proteins
to perform this core function. Type II CRISPR loci have three
subdivisions. The most commonly used CRISPR system for
eukaryotic genome engineering is adopted from a type II A
system from S. pyogenes, where a single Cas9 protein (spCas9)
is responsible for both forming the CRISPR-RNP complex
and subsequent DNA cleavage. For the practical reason of
simplicity, most genome-engineering applications use one
hybrid RNA (guide RNA, gRNA) combining the essential
structural features of the transactivating RNA (tracrRNA)
and crRNA duplex [10]. The single-chain gRNA is used here
in subsequent discussions.
Besides spCas9, a few other orthologous Cas9 proteins
from similar type II CRISPR systems share the core feature
as the sole protein component for RNA-guided targeting. The
Cas9 proteins of Streptococcus thermophilus, Neisseria meningitidis, and Treponema denticola demonstrated comparable
genome-editing efficiency to spCas9 (Table 1) [24–27]. These
Cas9 proteins have different sizes, mostly due to their target
recognition domains (REC) [28]. Significantly, orthologous
Cas9 proteins differ in the specific PAM sequences used for
targeting; thus, they can be used in the same cell when paired
with their corresponding crRNA to recognize their corresponding targets without interfering with each other [29–31].
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Table 1: Orthogonal type II Cas9 and their optimal PAM preference.
Bacteria

PAM

NNAGAAW
(CRISPR1)
NNNNGATT
N. meningitidis
NNNNGCTT
T. denticola
NAAAAN
S. mutans
NGG
L. innocua
NGG
L. buchneri
NAAAAN
C. jejuni
NNNNACA
P. multocida
GNNNCNNA
∗∗
S. aureus
NNGRRT
N. cinerea
GAT∗
C. lari
GGG∗
P. lavamentivorans
CAT∗
C. diphtheriae
GG∗
S. pasteurianus
GTGA∗
NGG (NAG
S. pyogenes
as minor)
NGG (does
S. pyogenes (D1135E)
not recognize
NAG)
S. pyogenes VQR
NGAN
(D1135V/R1335Q/T1337R) NGCG
S. pyogenes EQR
NGAG
(D1135E/R1335Q/T1337R)
S. thermophilus∗∗

∗

CRISPR
type

Reference

IIA

[28, 29]

IIA
IIA
IIA
IIA
IIC
IIC
IIA
IIC
IIC
IIC
IIC
IIA

[28, 47,
145]
[29]
[47]
[47]
[47]
[47]
[47]
[31]
[31]
[31]
[31]
[31]
[31]

IIA

[10]

IIA

[35]

IIA

[35]

IIA

[35]

IIC

∗∗

Putative PAM;
significantly smaller than spCas9. Bottom rows are
engineered spCas9 proteins with different PAM preferences.

This characteristic enables sequence flexibility of CRISPR
experiments by offering a variety of Cas9 proteins to target
virtually any particular sequence [25]. This orthogonality was
best demonstrated by recent work that allowed the labeling
of distinct genomic regions using different inactivated Cas9fluorescent fusion proteins simultaneously in a single live cell
[32, 33]. Although most Cas9 proteins from type II CRISPR
system have one or more optimal PAMs, there is also considerable flexibility in terms of PAM recognition. For example,
spCas9 recognizes NGG as its optimal PAM sequence, while
NAG can also be recognized with lower frequency ([12]
and subsequent). This plasticity might arise from continuous
selection pressure on bacterium to target evolving viral
sequences [34]. In practice, this plasticity poses considerable
challenges due to the off-targeted recognition of alternative
PAM sequences [12]. On the other hand, this flexibility allows
further engineering of different Cas9 proteins to optimize
or modify PAM preference. Initial progress has been made
toward generation of spCas9 with more rigid NGG PAM
recognition and modification of the PAM preferences [35].
In a few years further biochemical characterization of native
orthogonal Cas9 proteins with their PAM preferences and
protein engineering efforts on characterized Cas9 proteins
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will likely generate a full repertoire of Cas9 proteins with high
specificity covering virtually any 2∼5-nucleotide PAMs.
A recent important addition to the CRISPR toolbox is the
characterization of Cpf1, a class II CRISPR effector that is
distinct from Cas9. Cpf1 is a single RNA-guided endonuclease
that uses T-rich PAMs and generates staggered DNA doublestranded breaks instead of blunt ends [36]. Its smaller protein
size and single RNA guide requirement may make future
CRISPR applications simpler and with more precise control.

4. Cas9 Enzymology
The Cas9 protein contains two independent endonuclease
domains: one is homologous to the HNH endonuclease
and the other one to the RuvC endonuclease (Figure 1)
[10]. Each domain cleaves one strand of double-stranded
DNA (dsDNA) at the target recognition site: the HNH
domain cleaves the complementary DNA strand (the strand
forming the duplex with gRNA), and the RuvC-like domain
cleaves the noncomplementary DNA strand [10]. Recent
CRISPR/Cas9 complex structural analysis [37, 38] revealed
a two-lobed structure for Cas9: a recognition (REC) lobe
and a nuclease (NUC) lobe. Cas9 interacts with the RNADNA duplex using the REC lobe in a largely sequenceindependent manner, implying that the Cas9 protein itself
does not confer significant target sequence preference. One
caveat of the CRISPR/Cas9 system is that gRNA-loaded Cas9
endonuclease cleavage is not completely dependent on a
linear guide sequence, since some off-target sequences were
shown to be cut with similar or even higher efficiency than
the designed target sites [12, 39–42]. In general, mismatches
between the first 12 nucleotides (nts) of the gRNA (seed
sequence in gRNA spacer, Figure 1) and the DNA target are
not well tolerated, suggesting high sequence specificity in the
PAM-proximal region. However, mismatches beyond the first
12 nts can be compatible with efficient cleavage (tail region
in gRNA spacer, Figure 1) [12]. Structural biology insights
into the Cas9-gRNA RNP complex revealed that the 12-nt
sequence is in a fixed “seed” configuration even prior to the
DNA substrate binding, whereas the 5 end of gRNA remains
unstructured. While generally true, it is an oversimplification,
and the sequence recognition specificity of the CRISPR system is a topic of active investigation [39–44]. Notably, shorter
gRNA with up to a 5000-fold reduction in off-target effects
was recently described [45]. Adding two additional Guanine
(G) nucleotides at the 5 end of gRNA in some circumstances
modestly improves the specificity of the CRISPR/Cas9 system
[46], possibly by altering gRNA stability, concentration, or
secondary structure. The relaxation of sequence specificity
of the RNA-guided endonuclease system remains the biggest
challenge for its usage in genome engineering. A recent
biophysical study [37] for the thermodynamic properties of
Cas9 binding provided a likely explanation for the features of
specificity outlined above, and further analyses along these
lines will be valuable to further refine design guidelines.
A degree of structural flexibility was found from the
DNA-gRNA duplex-loaded Cas9 crystallography structure
[38], which was substantiated by an independent crystallography and single-particle electron microscopy study on both
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S. pyogenes and A. naeslundii Cas9 [37]. This study demonstrated that a conformational rearrangement is induced
by gRNA binding to Cas9, shaping a central channel to
accommodate the DNA substrate (Figure 1, gRNA binding)
[37]. Detailed structural information is lacking for how
Cas9 recognizes targeted sequences within the genome and
triggers the specific DNA cleavage after sequence recognition.
However, the RNA-loaded Cas9 protein reads the PAM
in its base-paired configuration (Figure 1, scan for PAM).
The recognition of dinucleotide GG in PAM simultaneously
allows for the local stabilization of the unwound target DNA
immediately upstream of the PAM sequence, which might
compensate for the energy cost of local DNA strand separation starting immediately upstream of PAM (Figure 1, Cas9
recognizes PAM) [47]. A recent biophysics study for Cas9mediated DNA recognition in vitro further revealed that Cas9
does not behave as a typical nuclease [48]. First, gRNA-loaded
Cas9 enzymatic activity does not follow Michaelis-Menten
kinetics, since Cas9 protein stably associates with target
sites on DNA even after inducing a double-strand break.
Thus, the key requirement for successful CRISPR-mediated
genome engineering is efficient and precise target locating.
Secondly, gRNA-loaded Cas9 finds the target sequence using
3D diffusion without obvious sliding on the DNA substrate.
Cas9 pauses on DNA for interrogation once it recognizes a
PAM sequence. Many of these reactions are transient and do
not lead to DNA cleavage. In agreement with this “pausing”
behavior of the gRNA-loaded Cas9 on the DNA substrate
in vitro, this mode of transient DNA binding on a nonmatching target is stable enough in cells to be detected using
genome-wide CHIP-Seq (Chromatin Immunoprecipitation
Sequencing) [43]. Besides the highly enriched binding of
Cas9 at its on-target site, numerous binding events with lower
frequency can be observed around a short motif of 5∼10
nucleotides matching the PAM-proximal region on a gRNA
plus NGG PAM sequence [43]. Thus these “off-targeted”
bindings likely involve partial base pairing between gRNA
and the PAM-proximal sequence. Without intrinsic DNA
helicase activity, how Cas9 facilitates the strand replacement
on its DNA substrate by the gRNA is not known. It is
suggested to be a thermodynamically favorable process upon
PAM recognition, and the unwinding of local DNA base
pairing was suggested to be in a directional and sequential
manner, starting at the 3 end of the target sequence adjacent
to PAM and progressing in the 5 direction of the DNA
substrate (Figure 1, base-pairing extension) [47, 48]. The Cas9
protein likely stabilizes the locally unwound DNA, allowing
further stabilization of the single-stranded DNA chain by
continuous formation of Watson-Crick base pairing with the
gRNA (Figure 1, base-pairing extension). If base pairing is
blocked due to a mismatch between the DNA substrate and
the gRNA, the thermodynamic energy of the DNA-Cas9
interaction might be insufficient to maintain a significant
portion of unwound DNA. In this case, partially unwound
DNA will return to its duplex state, and the DNA-Cas9
interaction will attenuate simultaneously (Figure 1, mismatch
and DNA release). These observations provide an attractive
stepwise substrate-unwinding model for target recognition
and cleavage by the gRNA-loaded Cas9 protein. This model
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PAM

Free Cas9

DNA
gRNA-loaded Cas9

Scan for PAM

gRNA
binding

Cas9 recognizes PAM
gRNA

Base-pairing extension

DNA release

Mismatch between
gRNA and DNA substrate

Nuclease activated by DNA looping

Double-stranded DNA cleavage

PAM
HNH domain
RuvC-like domain
Seed sequence in gRNA spacer
Tail region in gRNA spacer

Figure 1: A proposed model for Cas9 endonuclease to trigger DNA cleavage. A conformational change is induced once the Cas9 protein
binds to gRNA, allowing it to search for the DNA substrate. The REC lobe of Cas9 scans for the PAM in the genome. PAM recognition helps
local unwinding of dsDNA 5 to the PAM region. The unwound DNA is transiently stabilized by protein/ssDNA interaction. Successful base
pairing between the ssDNA portion and the gRNA further extends the ssDNA loop. A critical loop size may trigger the enzymatic activity of
Cas9 to make the double-stranded cut. Afterwards, Cas9 remains bound to the DNA substrate. If the base pairing between ssDNA and gRNA
is blocked by mismatches, the ssDNA loop collapses to release the Cas9 protein.
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predicts that only perfectly or nearly perfectly paired DNARNA hybrids can lead to significant DNA unwinding,
upon which Cas9 will cleave both DNA strands (Figure 1,
nuclease activation and cleavage). This explains the high
sequence specificity in the PAM-proximal region observed
for CRISPR-mediated gene editing [49], as well as the recent
finding that off-targeted Cas9 binding through the beginning
of the PAM-proximal sequence only rarely leads to offtargeted enzymatic activity in vivo [43]. Because unwinding
the DNA duplex across the first-10∼12-nt preconfigured seed
sequence might be the critical thermodynamic hurdle to
establish stable Cas9 interaction with DNA and subsequent
cleavages, a high degree of sequence fidelity in this seed
sequence might be both sufficient and necessary via strand
replacement to trigger Cas9 conformational changes and
remodeling of the active sites. In theory, based on this model,
the mismatch of a DNA-gRNA hybrid occurring closest to
the PAM sequence should be the least tolerated and is indeed
the least common among observed off-targeted bindings [43].
Further thermodynamic modeling based on this model and
structural information will likely improve both the efficiency
and specificity of CRISPR applications.

5. On-Target and Off-Target Considerations
Similar to most other engineering applications, specificity
and efficiency are the main factors ensuring a rational CRISPR-experiment design. In subsequent discussions,
specificity is defined as the probability that Cas9 will target
the designed locus compared to other undesirable loci (offtarget effects). Efficiency is defined as the probability that the
locus of interest will be modified by Cas9 nuclease in the
context of a pool of available target chromosomes from the
cell population. In a word, vigorous CRISPR design tends
to minimize the off-target effect and maximize the on-target
effect of the designer nuclease to achieve both high specificity
and efficiency.
The 18∼20-nt spacer region, designed as the protospacer
sequence in the gRNA, is the main determinant for both offtarget and on-target effects of CRISPR experiments. Together
with a given adjacent PAM sequence, a gRNA with a 20-nt
protospacer region can achieve, in theory, unique sequence
recognition in a random sequence space of roughly 17 TB
(tera-base pairs) if a perfectly base-paired match is required
for targeting. While this theoretical upper limit of resolution
exceeds the size of most eukaryotic genomes, the practical
specificity of Cas9 was found to be magnitudes lower than
the theoretical expectation. It was discovered that the “NGG”
PAM sequence requirement of spCas9 was not absolutely
necessary since a “NAG” PAM is frequently tolerated with a
lower efficiency [12]. The scientific community also quickly
realized, since the onset of development of CRISPR genome
engineering, that mismatches between the protospacer and
targeting DNA are tolerated at a surprisingly high frequency,
especially for the 5 sequence of the protospacer [41, 42,
44, 50]. Further elucidation of Cas9 enzymology revealed
that this bias might be due to the unidirectional (3 to 5 )
DNA double-strand melting coupled with DNA-RNA duplex
formation upon PAM recognition by Cas9 nuclease. While
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the gross 3 to 5 relaxation gradient of the base-pairing
requirement of Cas9 targeting generally holds true, it was
found that sometimes sequences with mismatches to the
12-nt seed sequence in the gRNA spacer can be efficiently
targeted [39, 41, 42]. This suggests that proper base pairing
with the gRNA seed sequence alone does not guarantee
specificity. Furthermore, targeting efficiency at some offtarget sites could be even higher than the desired locus with
perfectly matched spacer-protospacer sequences [39, 41, 42].
This phenomenon might be caused by additional factors
beyond the RNA-based sequence recognition used by Cas9
nucleases.
Compared to the considerable knowledge for the basis
of Cas9 off-target effects, relatively little is known about
how to design a gRNA to make the desired targeting event
more efficient. Multiple factors determine the success of any
given CRISPR experiments, such as the quantity of Cas9
proteins and gRNA, chromatin accessibility of the targeting
loci, and cellular response to CRISPR-induced DNA lesions.
Most of these issues are beyond experimental controls when
a CRISPR experiment is designed. A few recent studies [51–
53] attempted to debug the sequence preference of effective
gRNA by retrieving the successful targeting gRNA sequences
in a large, randomly selected gRNA pool. This statistical
approach is limited by current capability to generate a gRNA
pool with sufficient diversity and the difficulties avoiding
artificial bias when selecting the efficiently targeted cell pools.
Nevertheless, a few statistically significant rules have been
revealed by these pioneering studies on common traits of
efficient gRNA for spCas9. (a) Guanine (G) is strongly favored
at the 3 position most proximal to the PAM sequence
(especially the −1 position). This preference might be due to
Cas9 loading [51]. (b) A series of thymine (T) is disfavored at
the four positions (−1 to −4) closest to the PAM, which might
be related to the fact that RNA polymerase III recognizes
a series of uracil (U) as a pausing/termination signal [54],
causing a lower level of gRNA expression [51]. (c) Cytosine
(C) is preferred at the DNA cleavage site (−3 position). (d) In
the PAM region, the +1 position favors C while disfavoring T
[52]. (e) The CRISPR activity correlates with gRNA stability,
which can be influenced by the nucleotide composition of
the spacer: G-rich spacers are more stable especially when
comparing with A-rich ones [55].
The emerging gRNA design rationale discussed above
was continuously incorporated into available bioinformatics
toolboxes as weight matrices for calculating the off-target
or on-target scores for any gRNA [52, 55–59]. Although
these scores are informative in facilitating the experimental
design process, potential CRISPR users should be cautious
about interpreting gRNA ranking based on these scores,
since it does not necessarily indicate superior specificity and
efficiency.

6. CRISPR/Cas9 Delivery Methods
As an efficient, RNA-guided, specific gene-modification tool,
CRISPR was widely used in many experimental settings
to achieve desired mutations. However, the delivery of the
required Cas9 protein and gRNA is a long-standing challenge
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[60]. Three methods of CRISPR delivery, including plasmids,
viruses, and ribonucleoproteins (RNPs), were shown to
successfully introduce Cas9 and gRNA into target cells and
accomplish guided gene editing [11, 49, 61]. With their various
merits and limitations, these three delivery methods offer
researchers an opportunity to optimize their gene-editing
procedures based on various experimental needs.
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6.1. Delivery Using Plasmid Vectors. Delivery using the plasmid vector system is the conventional and most popular
method for CRISPR introduction. It has the main advantage
of being simple to make in vitro. In order to introduce a
functional CRISPR system into target cells, cells need to be
transfected with plasmids encoding the Cas9 protein, crRNA,
and tracrRNA while simultaneously using electroporation or
cationic lipid-mediated delivery to achieve assembly of the
CRISPR complex in cells [11].
The plasmid system procedure was continually simplified, and its application range expanded to in vivo animal
studies. Instead of cloning three different plasmids encoding
three different components, researchers showed that plasmid
encoding gRNA, a fusion transcript of crRNA and tracrRNA,
is sufficient for Cas9 binding and DNA target-site recognition
[10]. Recently, plasmids encoding both Cas9 and gRNA
became commercially available. Therefore, transfection of
a single plasmid is the sole requirement for a CRISPR
experiment. Multiplex edition of target loci can be accomplished through simultaneous introduction of multiple gRNA
species by a single plasmid or by cotransfection of multiple
plasmids [13]. Plasmid delivery was also applied in a tissuespecific CRISPR application in murine liver [60, 62]. Through
hydrodynamic tail-vein injection, plasmids were efficiently
delivered to ∼20% of hepatocytes for transient expression.
This study demonstrated successful gene editing with limited
efficiency in vivo through direct plasmid delivery.
However, compared to successful delivery in vitro, the
plasmid delivery system still faces significant challenges for in
vivo applications, such as low delivery efficiency and frequent
epigenetic silencing on episomal DNA [63]. Conversely,
plasmid delivery offers the dual possibility of both long-term
and transient CRISPR delivery in vitro. In a small proportion
of transfected cells, random but stable integration of all or
part of plasmid DNA into the host genome occurs. This
is possibly due to low levels of spontaneous DNA damage,
which in turn provide continuous Cas9 and gRNA sources
[11, 49, 61, 64]. When this feature is not desirable, delivered
plasmids usually become diluted and gradually lost over a few
cell cycles. This limited time window of genome engineering
is critical for obtaining genetic homogenous cell populations
for downstream functional studies.

processes [51, 65–67]. It is now feasible to carry out genomewide, CRISPR-based, functional genomic screens by delivering complex pools of CRISPR reagents into a relevant cell
type via lentiviral packaging. One significant limitation of
lentiviral-based delivery is that the random integration of a
viral genome may cause unwanted insertional mutagenesis
at undesired host loci. Use of nonintegrating viral vectors
(NIVVs), including adenoviral vectors and adeno-associated
vectors, can efficiently circumvent this problem because they
do not incorporate viral DNA into the host genome [11,
60]. Moreover, viral DNA dilutes during mitosis due to the
lack of a replication signal [60]. Among NIVVs, adenoviral
and adeno-associated vectors are both potentially suitable
CRISPR delivery candidates because of their episomal nature,
large cloning capacity, high-titers, capability of long-term
in vivo expression, and ability to transduce many cell lines
[39, 49, 61, 62].
While a viral vector encompassing Cas9 and gRNA
expression cassettes can be produced at high-titers, the
negative correlation of packaging efficiency versus vector
size also poses challenges for single-vector delivery of both
Cas9 protein and gRNA. Successful gene editing was achieved
using adenovirus-delivered CRISPR in multiple mammalian
cells. Using different gRNA and Cas9 virus concentrations,
researchers showed that the editing efficiency is dosage
dependent [10, 61]. Besides transfection of stable cell lines,
adenoviral vector-mediated CRISPR delivery can also be
applied in vivo. Through tail-vein injection, adenoviruses
carrying Cas9 and gRNA expression cassettes can be
introduced into murine liver. Resulting Cas9-mediated gene
editing is stable even after extensive regeneration of liver
tissue [13, 68]. Compared to hydrodynamic tail-vein injection
of plasmids, tail-vein injection of adenoviruses achieved 5to 8-fold greater editing frequency [69]. This high efficiency
makes virus-delivered CRISPR an attractive option for in
vivo genome modification. However, systematic delivery
using the adenovirus vector in vivo could induce immune
responses that eliminate infected cells and eventually impair
CRISPR genome-editing efficiency. In one recent study
using adenoviral vector delivery, the transduction rate of
liver cells drops from 80.8% one day after injection to 1.4%
fourteen days after injection. This is most likely due to the
immune response of the host, including elevated expression
of inflammatory cytokines [31, 69]. In contrast, the adenoassociated virus (AAV) induces a mild immune response in
vivo and can provide long-term expression in nondividing
cells. The recent study using Staphylococcus aureus Cas9
(SaCas9) solved the viral packaging limit problem for spCas9,
making the AAV-mediated delivery an ideal method for in
vivo genome editing [31].

6.2. Delivery Using Lenti-, Adeno-, and Adeno-Associated
Viral Vectors. The plasmid system introduces CRISPR into
established cell lines efficiently. However, to expand CRISPR’s
application range, viral vectors are used to deliver CRISPR
into primary cells or cells refractory to plasmid transfection.
Lentiviral vectors stably integrate into the host genome,
making it the preferred means of delivery if the targeting
information needs to be retrieved after functional selection

6.3. Delivery Using Cas9-gRNA Ribonucleoproteins (RNPs).
In addition to plasmid vector and viral vector delivery,
CRISPR delivery using Cas9-gRNA RNPs is another established method [64]. Both plasmid and viral delivery encountered the problem of high off-target editing rates due to
prolonged expression of Cas9 and gRNA in cells. Using direct
delivery of RNPs can effectively circumvent this problem.
When injected directly into cells, RNPs induce editing at
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target sites immediately after delivery and degrade rapidly,
reducing off-target effects [70, 71]. Additionally, using RNPs
avoids the possibility of undesired DNA integration into the
genome due to its DNA-free mode of delivery.
Application of RNP delivery led to successful genome
editing in multiple human cell lines [64, 72]. The RNP
complex can be readily made through incubating in vitro
purified Cas9 protein with either a single-chain guide RNA
(sgRNA) or dual RNA that consists of crRNA and tracrRNA.
Under certain circumstances, dual RNA was shown to be
more effective than single gRNA [73]. Direct injection of
RNP complexes into cells can lead to efficient CRISPRmediated genome editing with high specificity and low offtarget rates compared to plasmid delivery [64]. RNPs are
traditionally delivered by direct microinjection in a lowthroughput manner. Recently, the feasibility of transfecting
CRISPR RNPs into cells efficiently using electroporation was
demonstrated [72], as well as using cationic lipid-mediated
liposome delivery [74]. Delivery of RNPs into cell-cyclesynchronized cells also yielded a significantly higher rate
of editing compared to delivery in nonsynchronized cells.
More importantly, researchers can maximize the utilization
a particular mode of double-strand break (DSB) repair
by delivering RNPs into cells arrested at a particular cellcycle phase [72]. Continual improvement of RNP delivery
makes it a prominent method for not only gene editing
in an experimental setting, but also clinical gene therapy
development.

7. CRISPR Efficiency Test
7.1. Test of Indel (Local Point Mutation, Insertion, and Deletion). When assembled with gRNA, Cas9 nuclease cleaves
dsDNA and induces DSBs. DSBs can be repaired by either
nonhomologous end joining (NHEJ) or homologous recombination (HR). NHEJ is an error-prone process that generates
random insertion or deletion (indel) mutations at the DNA
rejoining sites. Sanger sequencing is the most accurate way
of confirming indel mutations (Figure 2(a)). However, due
to the random nature of indels, a wide variety of mutated
DNA might be present after a CRISPR-induced NHEJ
process. Separating these molecule species using molecular
cloning coupled with Sanger sequencing is time-consuming
and cost-inefficient [75]. Recent progress in bioinformatics
tools (such as TIDE, Tracking of Indels by DEcomposition)
enabled successful digital decoding of Sanger sequencing
from a mixture of complex indels, generated by a unique
CRISPR-targeting event into separate mutant species [76–
78]. Although this method is still of limited sensitivity and
remains to be validated on a larger scale, Sanger sequencing of a locally amplified, targeted locus offers a quick
and reliable readout confirming the efficiency of any given
CRISPR experiment. Without sequencing, the separation of
DNA with minor differences of length (resulting from some
indels) on a Sanger sequencer can be used to quickly access
the success of a genome-editing experiment. IDAA (Indel
Detection by Amplicon Analysis) was recently developed to
fill this niche [79]. Through the use of target-specific primers
flanking the target site, the different sizes of amplicons can be
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detected [79]. Furthermore, several other methods that take
advantage of NHEJ-induced indels were developed to efficiently assess the cleaving efficiency of CRISPR through the
detection of indel mutations at target loci regardless of DNA
length change; these include the Surveyor nuclease assay, the
T7 Endonuclease I (T7E1) assay, the High Resolution Melting
Analysis (HRMA), and PAGE electrophoresis [80–85].
Surveyor, T7E1, and other nuclease-based mutation
detection assays rely on the formation of a locally mismatched heteroduplex DNA, a byproduct of sequence variation caused by NHEJ following the designated nuclease
target (Figure 2(b)). If CRISPR-mediated cleavage is successful, indels will be generated at the DSB sites through
NHEJ. Heteroduplex DNA can be formed after melting and
rehybridizing mutant and wild-type alleles. The mismatchrecognizing enzymes, such as Surveyor and T7E1 nucleases,
can detect heteroduplex DNA. Bacteriophage resolvase T7E1
recognizes and cleaves distorted dsDNA undergoing conformational changes [86]. Surveyor nuclease is a single-stranded
nuclease that recognizes a nucleotide mismatch induced by
indels. It not only cleaves DNA one strand at a time on the
3 end, but also contains 5 exonuclease activity [87, 88]. Both
enzymes recognize indels and induce DSBs at mismatch sites,
resulting in shortened DNA fragments of various sizes. The
digested DNA fragments can then be visualized using gel
electrophoresis or DNA fragment analysis [82, 88]. However,
both enzymes exhibit low levels of random single-stranded
nuclease activity, leading to unspecific cleavage. This problem
can be partially resolved through addition of Ampligase
during the enzyme nuclease reaction [89], which reduces the
nonspecific nuclease activity.
HRMA is another tool for indel detection, utilizing the
different denaturation profile of heteroduplex DNA compared to that of homoduplex DNA (Figure 2(c)) [90]. If
CRISPR-induced indel is present in template DNA, heteroduplex and homoduplex DNA will be formed after
melting and rehybridizing mutant and WT alleles. Different duplex species exhibit different denaturation patterns.
HRMA records the temperature-dependent denaturation
profile of the sample and determines the existence of heteroduplex DNA based on different melting patterns from the
sample mixture. Due to its sensitivity, HRMA requires proper
optimization of PCR conditions to ensure high specificity of
target amplification.
The polyacrylamide gel electrophoresis- (PAGE-) based
method was recently proven to be efficient in detecting
the presence of heteroduplex DNA (Figure 2(d)) [85]. This
method takes advantage of the migration speed difference
between heteroduplex and homoduplex DNA during native
PAGE. Heteroduplex DNA generally migrates at a much
slower rate due to its indel-induced open angle between
matched and mismatched DNA strands and therefore can be
visualized using PAGE. However, whether the PAGE assay
provides sufficient sensitivity across the spectrum of indel
mutation variation remains to be verified.
7.2. Sensitivity Issues and Reporter. While CRISPR is considered an accurate genome-editing method, the efficiency
of CRISPR varies significantly when applied to distinct loci
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Figure 2: Major methodologies for mutation detection. (a) Sequence decoding from Sanger sequencing. An example of a Sanger sequencing
read was shown to illustrate the significant decrease of read quality from the predicted CRISPR cut site (PAM position labeled by magenta).
This is due to the inclusion of the mutated DNA (decoded as the bottom sequence) with the wild-type DNA sequence (decoded as the
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with local sequence polymorphisms (CRISPR-induced indel mutations) form a mismatch when rehybridizing. The result from the mismatchrecognizing nuclease assay is visualized using fragment analysis as a digital nucleic acid size profile. (c) High Resolution Melting Analysis.
(d) PAGE electrophoresis of a DNA hybrid.
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and different cell types. In induced pluripotent stem (iPS)
cells and human embryonic stem cells (hESCs), for example,
CRISPR-editing efficiency frequently drops below 1% [91, 92].
This low frequency increases demand for more sensitive rare
mutation detection methods. Sanger sequencing is the gold
standard for determining on-target edition efficiency, yet it is
a time- and resource-consuming process. When the mutation
rate falls below a given threshold (usually ∼1%), routine
mutagenesis detection methodologies (Sanger sequencing,
nuclease-based heteroduplex cleavage assay, HRMA, and
PAGE) are of limited use due to their sensitivity restraints.
High-throughput sequencing was developed for accurate
measurement of rare indels that happen at a frequency
of 0.01–1%. However, because this method is considerably
more sensitive than traditional methods (such as mismatchrecognizing enzymes) the false-positive frequency is also
elevated [75].
Single molecule real-time (SMRT) DNA sequencing was
developed as a unique high-throughput sequencing platform
[93]. It has the advantage of both high sensitivity and long
reading length. A regular PCR amplified region of interest
is ligated with SMRT adaptors to create a single molecule
SMRTbell template to generate sequence reads. This method
not only examines the existence of an editing event, but
also quantifies the frequency of editing through either NHEJ
or HR. With an average sequencing length of 3 kb and up
to 15 kb, SMRT sequencing provides a reliable method for
assessing both on-target and off-target rare editing effects.
Similarly, other high-throughput sequencing platforms can
be applied to quantitate indels in the targeted amplicon.
To further assess CRISPR-editing efficiency using accurate quantification for very rare editing events, digital droplet
PCR (ddPCR) can be applied to CRISPR-edited genome
testing [94]. Depending on the assay format, ddPCR assay
has theoretical mutation detection limits in the range of
0.01∼0.001%. To achieve individual assessment of the edited
genome, sample DNA is partitioned into small droplets
through emulsion. One set of primers flanking the region
of interest and two competitive fluorescence-tagged probes
targeting wild-type and mutant sequences, respectively, are
included in the reaction. An individual PCR reaction is
carried out in each droplet, and fluorescence signals from
each droplet are subsequently recorded. The wild-type and
mutant sequences are differentiated, and the frequency of
editing can be calculated based on the number of droplets
with different fluorescence signals [91]. This method allows
extremely sensitive detection of rare mutations as well as
accurate quantification of CRISPR-editing efficiency. Novel
ddPCR application was explored in other studies, including
differentiating wild type and mutants based on the size of
amplicons using the nonspecific, double-strand DNA binding
dye EvaGreen (EG) [95].
Besides quantifying CRISPR-induced indels, live reporters based on HR can be used to visualize CRISPR activity.
Typically, a reporter plasmid vector can be designed to
include the identical target-site sequence as the targeting
locus. The CRISPR target is flanked by two separate halves of
a fluorescent protein reporter, with a stretch of an identical
sequence included in both halves. Thus, this reporter is
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inactive since the fluorescent protein gene is interrupted
by the inserted sequence. CRISPR components and the
reporter plasmid are cotransfected. Efficient gRNA loads
Cas9 to cleave both the chromosomal targeting locus and
the episomal reporter-targeting site. In the reporter, the DSB
will be repaired through HR between the two halves of
the fluorescent protein, thus rendering a fully functional
fluorescent protein. Hence, the “on” status of the reporter
plasmid, exhibited by the gain of the cellular fluorescence
signal, can give a real-time readout of CRISPR efficiency in
live cells independent of additional molecular assays.

8. Selection of Mutant Clones
Pure clonal isolation from a single progenitor cell is a
critical step in the genetic and functional characterization
of mutations achieved by the CRISPR/Cas9 system. While
it is usually the most laborious and time-consuming step
in CRISPR-based genome engineering using cell models,
generating clonal mutant cell lines is absolutely required to
draw any solid conclusions correlating a given mutation and
cellular behavior. Each single cell, upon the introduction
of activated Cas9 nuclease, is an independent unit that
undergoes stochastic genetic changes dependent on both the
nuclease-induced DNA lesion and the subsequent cellular
DNA-repair response. In the case of transient introduction of
CRISPR agents, it is desirable to establish clonogenic cultures
by the conclusion of CRISPR action. In the stem cell research
field, a clonogenic culture is frequently confused with the
sphere generating culture, such as formation of embryonic
bodies from ES cells or neurospheres from neuronal stem
cells [96]. While these sphere-forming assays are frequently
used to estimate the capability of stem cells to self-renew
and differentiate, the individual spheres formed in standard
stem cell culture conditions do not necessarily rise from
single cells [97], since sphere aggregation and fusion were
frequently found even at low seeding densities [98–100]. The
requirement of clonogenity after CRISPR action usually calls
for more rigorous culture conditions to ensure proper clonal
separation of distinct isogeneic pools.
There are multiple methods to achieve clonogenity. To
prevent sphere fusion, single cells can be encapsulated into
a semisolid matrix to form embedded sphere cultures [101].
This approach greatly improves the clonogenity of the spheres
generated and offers greater advantage when cell proliferation
is strictly dependent on high cell density in the culture
[98]. However, single-cell encapsulation usually requires specific microfluidics devices [102]. Furthermore, maintaining
capsule integrity and retrieving encapsulated cells remain
challenging. Aside from cell encapsulation, cells grown in
semisolid media, such as those containing methylcellulose
or soft agar, are less likely to migrate [103]. When seeded at
low density, single cells in semisolid media can grow into
individual colonies over time. Manual or robotic selection
of these colonies can subsequently establish isogenic clones.
The traditional labor-intensive ways to establish cultures
from single cells include cloning rings, serial dilution and
plating, and fluorescent-based single-cell sorting [104, 105].
Regardless of the methodology, establishing and maintaining
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a large number of isogenic cell clones are costly and laborintensive. For most genome-engineering experiments, the
optimally desired approach should minimize the number of
isogenic cell clones needed to achieve the desired genetic
modification. In the following sections, the factors to achieve
this goal will be discussed.
8.1. Overall Strategy, NHEJ or HR. DSBs in the eukaryote
genome can be repaired mainly by two different mechanisms: NHEJ or HR. The NHEJ repair mechanism joins
broken chromosomal ends directly without the guidance of a
homologous sequence. Because it lacks a reference template,
this repair pathway is usually error-prone due to local DNA
sequence alterations at the repaired junction (the so-called
indels) [106]. In contrast, the HR repair mechanism is aided
by using a homologous sequence as the repair template. This
homologous sequence can be a sister chromatid duplicated
during the synthesis (S) phase of cell cycle, the homologous
chromosome in diploid cells, or foreign DNA introduced
bearing regions of sequence homology with the targeted
locus. Due to the flexibility of donor choice in HR repair,
a given locus with desirable features (such as restriction
enzyme recognition sites, protein fusion tags, antibiotic
selection markers, or recombination sites) can be engineered
by incorporating these features with a piece of introduced
homologous DNA. Either plasmid construct or synthesized
DNA oligos can be used as the donor template [40]. A
plasmid donor can be used when long insertions need to
be introduced [107, 108]. For small insertions or deletions,
single-stranded DNA containing 80 bp homologous arms at
5 and 3 ends is preferred [107]. This method is similar
to traditional HR-based gene targeting. However, since the
introduced DSBs occur in the chromosomal DNA instead of
epichromosomal DNA, the HR efficiency is usually several
orders of magnitude higher than traditional HR triggered by
breaking the foreign donor [3, 108–111].
While the choice of DNA-repair pathways is largely
beyond experimental control, the cell-cycle phase upon
which DSB occurs plays an important role in repair mechanism determination. In general, HR takes place in the
synthesis (S) and the premitotic (G2) phases when there are
sister chromatids available [112]. NHEJ is the predominant
repair mechanism in the growth 1 (G1) and the mitotic (M)
phases [113]. Although this general guideline holds true in
most cases, precautions are warranted for any particular cell
type for its capability on HR- or NHEJ-based DNA-repair
pathways.
Regardless of the preferred DNA-repair mechanisms to
get a particular or a range of desired mutations, similar
clonogenic selection processes are needed. Since HR usually
happens at a lower frequency than NHEJ for most cell types,
it is an efficient strategy to include a selection marker on the
donor construct so that successfully engineered cells can be
easily traced by fluorescence or drug resistance. The marker is
integrated onto the targeted loci. In some cases this feature is
not ideal for downstream functional analysis, even when the
majority of the selection markers can be subsequently excised
by recombinases.
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A few seamless genome-engineering applications emerged
in the last few years to overcome this hurdle. This elegant
approach aims to introduce only the desired genetic modification without leaving additional footprints at the engineered
loci (including indels at the CRISPR cut sites, any selection
markers, or short residual recombination sites after marker
excision) (Figure 3) [24, 114, 115]. To facilitate clonal selection,
a selection marker is included in the DNA donor similar
to traditional HR. However, instead of using a recombinase
to induce flanking recombination sites around the marker,
which would leave behind at least one recombination site
(Figure 3(a)), an optimized PiggyBac transposon is used for
all exogenous sequences between the homology arms. Only a
“TA” dinucleotide sequence is left on each side flanking the
exiting PiggyBac (Figure 3(b)). To make this truly seamless,
the left and right homology sequences start with a “TA”
motif, which is abundant in most genomic loci. If there is no
endogenous “TA” around the intended mutation, it is usually
feasible to introduce one without changing the translated
protein sequence in exons or make this change in mutationtolerating introns. A negative selection marker is usually
included in the PiggyBac cassette in the designed DNA
donor to facilitate screening the loss of the PiggyBac cassette
by the transposase. This method holds great promise for
CRISPR-mediated site-specific gene therapy, since avoiding
any additional sequence modification is highly desirable.
Regardless of the choice of methods, clonogenic clone
isolation and identification are labor-intensive. To design the
most effective screening strategy, it is crucial to realistically
estimate the chance of obtaining the desired mutant cells in
the pool undergoing CRISPR-mediated genome engineering.
A critical factor is the efficiency of CRISPR targeting the
locus of interest, which can be tested by a small-scale pilot
experiment using the mutation detection methodologies
discussed in the previous section. Depending on the mode
of DNA-repair pathway chosen, further consideration can be
made regarding whether it is feasible to first reduce the size
of the cell pool by selection to enrich the targeted cells before
clonal assay. Isolating cells positive for the HR-mediated livecell cleavage reporter could enrich NHEJ-mediated indel
mutations [116]. Although these are achieved by different
mechanism of DNA repair, the reporter assay may indicate
the subpopulation of cells where CRISPR is more active.
Similarly, if the desired mutation was introduced using HR
repair, inclusion of the selection marker in the DNA donor
could be an efficient way to reduce the size of clonal selection
pool. Frequently, the intended mutation might be predicted
with high confidence to cause a specific cellular phenotype
in the target-cell type. If the specific cellular phenotype can
reliably be used for selection, target-cell enrichment can be
achieved by applying this selection pressure [117]. Without
highly efficient CRISPR reagents, a target selection scheme
is required to move the mutation frequency above 0.1%, in
order to make clonal single-cell selection feasible.
In cases of low mutagenesis frequency and no suitable
selection strategy available for mutant enrichment, a random
cell partition scheme named sib-selection can be employed
to facilitate enrichment of the desired mutation before clonal
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Figure 3: The comparison of seamless genome editing with traditional HR-based marker selection. (a) Traditional HR. (b) Seamless genome
editing. Homology arms (dark grey and light grey boxes) bearing the desired mutation (red bar) are used to flank an excisable selection
marker cassette. This is achieved by using the tandem loxP sites as in (a) and a PiggyBac transposon as in (b). Successful HR will insert the
selection marker cassette into the genome (middle panels). Removing the loxP cassette with Cre recombinase will leave one loxP site at the
locus of interest (blue triangle) in (a). The remobilization of the PiggyBac transposon will only leave a “TA” dinucleotide in (b), which initially
can be found in the locus of interest, or can be tolerated without any undesired changes to the protein sequence.

isolation [91, 118]. Sib-selection is based on precise measurements of mutation frequencies in pools of cells even when the
rate is extremely low. The ddPCR method was used for this
purpose to gain a reliable quantitative mutation rate. When
a pool of cell mixtures with a rare mutant is sequentially
partitioned randomly into smaller pools (such as different
wells in a 96-well plate), the mutation rate in one or a
few small pools will increase significantly due to the overall
significant decrease of cells in a pool following a Poisson
distribution. The capability to locate these enriched wells
using a quantitative mutation measurement can facilitate
serial pool partition and mutant identification, until the rate
of desired mutants surpasses the practical threshold for clonal
identification. Although a powerful and quick way to enrich
mutation, sib-selection is not a clonogenic process per se.
Thus subsequent clonal mutant strain identification is needed
to isolate the intended mutant cell.
8.2. Estimation of Off-Target Mutations in Isolated Cell Clones.
Acquiring pure cell populations with the desired genetic
modifications should not be considered as the final step
before using these cell models for functional studies. No
matter how carefully the experiment was designed, it is likely
that some off-target modifications were introduced into the
cell pool by CRISPR. If any of these are carried on into the
final selected clones, these additional genetic modifications
might complicate further functional analysis.
Whole genome sequencing of the isolated cell clones
remains the most rigorous standard to estimate the offtarget lesions [119–121]. It remains expensive, especially for
human cells, since the complete genome requires a significant

sequencing depth to detect the occurrence of low frequency
indels. While its costs prohibit routine use to examine all isolated cell clones in a typical lab, a reasonable approximation
can usually be made by targeted sequencing of predicted offtarget sites. This can be done in a low-throughput manner
using PCR and Sanger sequencing of a number of individual
predicted off-target sites with significant targeting probability. Alternatively, multiplexed next-generation targeted
sequencing can be achieved by covering a large number of offtarget sites simultaneously from multiple single-cell clones
with significant sequencing depth [46, 122]. In the case of
targeted sequencing, the choice of examined genomic region
becomes critical. While various in silico platforms give a
rough estimate of potential off-target sites, recent advances
on genome-wide breakpoint sequencing technology (such
as CHIP-Seq [43, 122], Digenome-seq [123] and GUIDE-seq
[124], and genome-wide translocation sequencing [125]) offer
a more realistic range of potential off-target sites in any given
genome. While these platforms collectively can aid targeted
genome sequencing of the engineered cells, precautions are
still warranted since off-target CRISPR targeting can be
influenced by the different cell types used and minor differences of genome sequence [126]. Some additional practical
precautions should be taken into consideration, especially
when the undesirable off-target lesions are not sufficiently
characterized or hard to avoid.
8.3. Correlating Phenotype and Genotype Controls. When
a certain phenotype is displayed after CRISPR-mediated
editing in the clonogenically isolated mutant cells, the phenotype is not necessarily caused by the intended target due
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to the possibility of poorly characterized off-target lesions.
The genotype/phenotype association can be strengthened
by verification using additional clonogenic clones carrying
independent mutations generated by different CRISPR agents
targeting the same locus. Because identical off-target lesions
might be generated by the same gRNA, it is not possible to
strictly exclude this possibility by relying on additional clones
generated by a single gRNA. Therefore, additional gRNA is
desired to target the same region of interest to achieve the
identical phenotypic outcome. With limited overlapping of
off-target sites, multiple gRNA designs ensure that any shared
phenotype exhibited after editing using all gRNA correlates
with the genotype of interest with high confidence. Aside
from establishing proper controls for CRISPR targeting,
genetic rescue is considered the gold standard to formally
establish the causal relationship between phenotype and
genotype. For loss of function mutations, introducing the
intact target genes or gene products into the engineered
cells should serve the purpose. Introducing the gene of
interest back into the endogenous engineered locus is readily
achievable by CRISPR [127–129] and is preferable, since the
rescue genetic material is under endogenous transcriptional
control. In the case of gain-of-function mutations where
genetic rescue is difficult to achieve, pharmaceutical genetic
approaches are useful in functional validations. Fine-tuning
the functionality of a given target or relevant pathways using
well-characterized specific drugs could provide independently supported evidence.

patient-derived stem cells might be the critical vehicle for
future cell and gene therapies, with further improvement on
its safety.
Regardless of its therapeutic potential, CRISPR is an
invaluable tool in establishing the causal relationship between
genes and stem cell behavior. Clevers group recently modeled
the occurrence of the 4 most frequent mutations identified
in human colorectal cancer within the context of a human
intestinal stem cell organoid culture. This analysis enabled
them to pinpoint the driver mutations causing extensive
aneuploidy within this cancer stem cell model [117]. CRISPR
also helped to pinpoint a specific single-nucleotide polymorphism (SNP) in the human FTO locus as the critical effector
for obesity [144]. Previous genome-wide association studies
indicated the FTO region harbors the strongest genetic
association with obesity, while no mechanistic association
could be drawn. A SNP in the FTO locus was further
nailed down as the obesity-causing variant. Modeling the
conversion of this one nucleotide using CRISPR in the
context of isogenic, patient-derived preadipocytes provided
the critical link between this single-nucleotide substitution
and distinct adipocyte differentiation programs: thermogenic
beige adipocytes versus fat-storing white adipocytes. This
stem cell model, combined with the power of CRISPRmediated genome editing to change one particular nucleotide
in the human genome, helped resolve one of the longest
standing mysteries in human genetics. Thus, we are extremely
enthusiastic for a much brighter future for making and using
stem cell models for similar mechanistic studies.

9. A Much Brighter Future for
Stem Cell Models

Abbreviations and Acronyms

The accumulation of large-scale human genome-sequencing
efforts in the past few years greatly accelerated genetic
discovery by linking genetic variations discovered in human
populations or disease-associated somatic tissue to a disease
state. Stem cell models, on the other hand, are traditionally
extremely powerful in establishing the mechanistic linkage
between genotype and phenotype. The recent explosion
of applications of CRISPR/Cas9 genome-editing techniques
now establishes the causal relationship between genotype
and cellular behaviors with great flexibility and efficiency.
While our current review can grasp neither the full extent
nor the rapid evolution of these applications, a few prominent
examples are highlighted below to demonstrate the range and
depth of these applications.
One of the earliest successful applications of CRISPR
in stem cell research was to correct the CTCF mutation
in cultured intestinal stem cells from cystic fibrosis (CF)
patients [130]. Besides fixing local sequence errors, CRISPR
was recently used to correct a chromosomal structural abnormality (a chromosomal inversion over a several-hundredkilo-base-pair) associated with Hemophilia A [131]. Using
stem cell models (especially patient-derived iPSCs), CRISPR
was used to correct more than a dozen disease-associated
genetic lesions across a wide spectrum [115, 130–143],
including metabolic disorders, immunological deficiencies,
and neuromuscular disorders. These genetically corrected,
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Articular cartilage is a highly organized tissue with complex biomechanical properties. However, injuries to the cartilage usually
lead to numerous health concerns and often culminate in disabling symptoms, due to the poor intrinsic capacity of this tissue
for self-healing. Although various approaches are proposed for the regeneration of cartilage, its repair still represents an enormous
challenge for orthopedic surgeons. The field of tissue engineering currently offers some of the most promising strategies for cartilage
restoration, in which assorted biomaterials and cell-based therapies are combined to develop new therapeutic regimens for tissue
replacement. The current study describes the in vitro behavior of human adipose-derived mesenchymal stem cells (hADSCs)
encapsulated within calcium/cobalt (Ca/Co) alginate beads. These novel chondrogenesis-promoting scaffolds take advantage of
the synergy between the alginate matrix and Co+2 ions, without employing costly growth factors (e.g., transforming growth factor
betas (TGF-𝛽s) or bone morphogenetic proteins (BMPs)) to direct hADSC differentiation into cartilage-producing chondrocytes.

1. Introduction
Articular cartilage covers the ends of bones in synovial joints
and acts as a load-bearing material. Articular cartilage repair
is one of the most challenging issues in the field of tissue
regeneration because of the limited capacity of cartilage
for self-regeneration once damaged [1–5]. Various surgical
approaches are widely used to repair injured cartilage, including multiple drilling to encourage revascularization, abrasion
arthroplasty, and perichondrial resurfacing. However, the
efficacy of such strategies remains controversial, and these
approaches are also unsatisfactory in terms of restoring the
original structure and function of cartilage [6–10].
To overcome these drawbacks, cell-based therapy is currently under intense review for cartilage repair, and many
different tactics and cell types have been explored for this
purpose. Autologous chondrocyte implantation (ACI) was
the first strategy employed in clinical practice, utilizing chondrocytes harvested from an area of the patient’s own cartilage

with diminished weight-bearing function [11–13]. However,
several problems were reported with this technique, such as
limited proliferative potential of the obtained chondrocytes
and loss of functional cell phenotypes in culture [6, 11, 14].
Mesenchymal stem cells (MSCs) are a promising alternative cell source for cartilage repair. When appropriately
stimulated, MSCs can differentiate into a variety of cell types,
including cartilage-producing chondrocytes [4, 15–19]. MSCs
are frequently isolated from bone marrow. Nevertheless, cell
harvesting and isolation from bone marrow are associated
with distinct disadvantages. For example, bone marrow aspiration can be painful for the patient, and the aspirates must
be concentrated by using techniques that involve relatively
high-cost instrumentation. Furthermore, MSC yields from
bone marrow are quite low. Additional tissues have thus
been proposed as a source of MSCs, including adipose tissue,
which is abundant in adult stem cells, relatively easy to obtain
from patients, and less expensive to handle than bone marrow
for MSC isolation [4, 20–22]. In any case, common strategies
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to differentiate adult stem cells into chondrocytes still require
the use of costly growth factors in the culture medium, such
as transforming growth factor betas (TGF-𝛽s), insulin-like
growth factors, and bone morphogenetic proteins (BMPs). Of
note, these additives could potentially lead to unexpected side
effects during use in clinical practice [15, 23].
Recently, a number of research groups demonstrated that
chondrogenic differentiation of MSCs can be achieved by
maintaining the cells under hypoxic conditions [23–26], with
the aim of reproducing the native environment of articular
cartilage. Articular cartilage is an avascular tissue, deriving
its oxygen supply from synovial fluid and subchondral bone.
For this reason, the oxygen tension in the deepest layers
of articular cartilage is no more than 1–6% [25, 27, 28].
Moreover, during endochondral bone formation, MSCs differentiate into chondrocytes that form a hyaline cartilage-rich
matrix, which serves as a template for epiphyseal growth plate
formation. These events occur during an avascular period in
a decidedly hypoxic environment [22, 29].
The molecular mechanism associated with cell survival in
the low oxygen environment involves the activation of the
hypoxia inducible factor 1 (HIF-1) transcriptional complex.
HIF-1 is a major mediator of the hypoxic response that is
essential for chondrocyte differentiation and survival in vivo.
HIF-1 contains two subunits: HIF-1𝛼 and HIF-1𝛽. Under
normoxic conditions, HIF-1𝛼 is rapidly degraded by prolylhydroxylase domain enzymes (PHDs) and factor inhibiting
HIF (FIH) hydroxylase. The PHDs and FIH are inhibited at
low oxygen tension; hence, HIF-1𝛼 escapes degradation and
forms heterodimers with HIF-1𝛽, permitting migration of the
HIF-1𝛼/HIF-1𝛽 complex into the nucleus and activation of
target gene transcription, including that of cartilage-specific
genes [22, 24, 26, 30].
Hypoxic conditions and HIF-1 upregulation can also be
evoked by chemical induction; for instance, cobalt is wellknown as a hypoxia-mimicking agent. This characteristic
stems from the ability of cobalt ions (Co+2 ) to inactivate
FIH by substitution for Fe+2 in the iron-binding center of
the enzyme [31–33]. Regardless, the HIF-1-promoted differentiation of MSCs into chondrocytes is not sufficient for the
ultimate purpose of restoring cartilage defects. Exogenously
transplanted cells must also be supported by a biocompatible
physical matrix (i.e., a scaffold), and selection of a suitable
biomaterial for scaffolding is a critical factor in cartilage tissue
engineering.
Alginate is widely used as a polymer for chondrogenic
differentiation of MSCs [34–37]. This biomaterial is a naturally occurring heteropolysaccharide isolated from brown
sea algae and is composed of 𝛽-D-mannuronic acid and
𝛼-L-guluronic residues. In the presence of divalent cations
(e.g., calcium (Ca+2 ), barium (Ba+2 ), Co+2 , and strontium
(Sr+2 )), alginate can be transformed into a hydrogel by
ionic interactions between the 𝛼-L-guluronic residues of
two distinct polymeric chains and the above-mentioned
cations [35, 38–41]. Several tissue engineering studies have
demonstrated that alginate provides an ideal environment
to facilitate the spatial distribution of MSCs, resulting in
a structural organization that resembles the native in vivo
cartilage microenvironment [34–37]. Furthermore, alginate
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exerts chondroinductive actions to promote the synthesis of
cartilage-specific matrix components [42–44].
The current study describes a new strategy to stimulate chondrogenic differentiation of commercially available
human adipose-derived mesenchymal stem cells (hADSCs)
via their encapsulation into a Ca/Co alginate bead scaffold.
This approach takes advantage of the synergic effect of the
alginate matrix and Co+2 ions on chondrogenesis and does
not rely on TGF-𝛽s, BMPs, or other exogenous growth factors
or additives. Therefore, Ca/Co alginate bead scaffolds might
be beneficial for prospective applications in articular cartilage
repair.

2. Materials and Methods
2.1. hADSC Culture. hADSCs were purchased from a commercial source (Cat. number PT-5006; Lonza, Basel, Switzerland) and cultured in Dulbecco’s modified Eagle’s medium
(DMEM; Gibco, Life Technologies, Monza, Italy) supplemented with 10% fetal bovine serum (FBS; Gibco, Life Technologies) and 1% penicillin/streptomycin in a humidified
atmosphere (5% CO2 ) at 37∘ C. When the cells reached ∼90%
confluence, they were detached from the culture surface with
0.25% trypsin and subcultured. The hADSCs from passages
3–7 were used for further study.
2.2. Alginate Solution. Alginic acid sodium salt derived from
brown algae (Na-alg) and suitable for cell encapsulation
was obtained from Sigma-Aldrich (St. Louis, MO, USA). To
prepare the Na-alg solution, 1% (w/v) of the solid sodium salt
was dissolved in sterile 10 mM HEPES buffer (pH 7.4), and
the mixture was filtered through a 0.2 mm membrane under
sterile conditions.
2.3. Cell-Encapsulated Alginate Bead Production. hADSCs
were detached from plastic tissue culture flasks by using
0.25% trypsin, resuspended at a density of 2 × 106 cells/mL
in sterile Na-alg solution, and dripped by 25-gauge needle
into various gelling baths, all containing 200 mM CaCl2 and
decreasing concentrations of CoCl2 (10, 5, 2.5, and 1.25 mM).
The gelling baths were buffered with 10 mM HEPES. A
200 mM CaCl2 solution was used as the control gelling bath.
The hADSC/Na-alg droplet suspension was maintained for
30 min at 37∘ C to form alginate beads. The resulting samples
were designated Co10, Co5, Co2.5, Co1.25, and control based
on the concentration of CoCl2 in the initial gelling bath. After
washing the beads with HEPES buffer, DMEM supplemented
with 10% FBS and 1% penicillin/streptomycin was added to
tissue culture wells containing alginate-encapsulated cells.
The prepared beads were incubated in a humidified environment (5% CO2 ) at 37∘ C. Cells within the beads were cultured
for 7, 14, and 21 days, and the medium was changed every 3-4
days.
2.4. Morphology and Bead Size Distribution. Measurements
of bead particle size (mean microsphere diameter) were
performed by using a Nikon Eclipse E800 optical microscope
(Nikon, Tokyo, Japan).
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2.5. Assessment of Cell Viability and Cell Imaging. Cell viability
was assessed up until day 21 of culture by using a LIVE/DEAD
Viability/Cytotoxicity Assay kit (Life Technologies, Carlsbad,
CA, USA). Encapsulated hADSCs were incubated for 15 min
in HEPES buffer containing 0.1 𝜇M calcein AM, a cellpermeant fluorescent dye, and 0.1 𝜇M ethidium homodimer1, a DNA-binding fluorescent dye. The samples were washed
with HEPES buffer, transferred to a glass-bottomed 24-well
plate, and immediately imaged by using a Nikon Eclipse
E800 microscope. Live cells (green) and dead cells (red)
were counted by using ImageJ software (National Institutes
of Health, Bethesda, MD, USA). Cell viability was obtained
by dividing the number of live cells by the total number of
cells (live + dead).
2.6. Histological Analysis. Encapsulated cells were fixed at
each experimental time point with 4% paraformaldehyde
in 10 mM HEPES buffer for 2 h at 4∘ C. They were then
dehydrated in an ascending series of alcohol solutions (50%,
70%, 90%, and 100%) and embedded in LR white resin
(Sigma-Aldrich). Thin sections were prepared, stained with
1% toluidine blue, and observed by using a Nikon Eclipse
E800 microscope.
2.7. Quantitative Real-Time Polymerase Chain Reaction (qRTPCR). To evaluate the differentiation capacity of the encapsulated hADSCs, samples were treated with 55 mM sodium
citrate, 55 mM EDTA, and 0.9% NaCl in 10 mM HEPESbuffered saline (pH 6.8) with gentle shaking for 5 min. This
resulted in formation of diluted Na-alg and the release of
hADSCs from the alginate beads. At the end of each experimental time point, total RNA was extracted from the released
cells by using a NucleoSpin RNA I kit (Macherey-Nagel,
Duren, Germany). The RNA was then quantified by using a
NanoDrop ND-1000 full-spectrum (ultraviolet/visible light)
spectrophotometer (Thermo Scientific, Wilmington, DE,
USA).
Next, cDNA was transcribed with reverse transcriptase SUPIII (Invitrogen, Carlsbad, CA, USA), and mRNA
expression levels were analyzed via qRT-PCR by using a
7500 Real-Time PCR machine (Applied Biosystems, Life
Technologies, Monza, Italy). The following TaqMan assays
(Applied Biosystems, Life Technologies) were used for mRNA
quantification: collagen type II (Col2A1; Hs00264051 m1),
collagen type I (Col1A1; Hs00164004 m1), collagen type
X (Col10A1; Hs00166657 m1), Sox9 (Sox9; Hs01001343 g1),
versican (VCAN; Hs00171642 m1), and HIF-1𝛼 (HIF-1A;
Hs00153153 m1). Relative gene expression levels were normalized to that of glyceraldehyde 3-phosphate dehydrogenase (GAPDH; Hs99999905 m1). Data are presented as fold
changes relative to levels in control samples (cells encapsulated within alginate beads prepared with CaCl2 alone (Ca
alginate beads) and cultured for the same amount of time) by
using formula 2−ΔΔCT , as recommended by the manufacturer
(User Bulletin number 2 P/N 4303859; Applied Biosystems).
2.8. Statistical Analysis. Statistical analysis of quantifiable
data was conducted by performing an analysis of variance
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followed by Dunnett’s multiple comparison test with GraphPad Prism 5.0 software (GraphPad Software, Inc., San Diego,
CA, USA). Statistical differences between conditions were
considered significant at 𝑃 < 0.05.

3. Results
3.1. Size Distribution of hADSC-Loaded Capsules. Alginate
droplets containing encapsulated hADSCs were collected
in gelling baths containing CaCl2 and varying amounts of
CoCl2 so as to evaluate Co+2 concentration effects on the
morphological characteristics of the particles. As a control,
a gelling solution containing only CaCl2 was employed. First,
the size distribution of the cell-encapsulated alginate beads
was monitored, as shown in Figure 1. For all samples, the
particle diameters were confined within a narrow size range,
with a mean diameter ranging from 789 ± 52 to 826 ± 74 𝜇m.
By comparison, the mean diameter of the control beads was
810 ± 36 𝜇m. These findings suggest that Co+2 concentration
did not significantly affect capsule size.
Light microscopic images showed a uniform cell distribution at 2 h after production of the hADSC-encapsulated alginate beads (Figures 1(a )–1(e )). Macroscopically (Figure 2),
the particles maintained their spherical shape and exhibited
a smooth surface. These proprieties were maintained during
the 21 days in culture, and no macroscopic evidence of
particle degradation or deformation was noted.
3.2. Cell Viability. To evaluate the potential toxicity of Co+2
ions against encapsulated hADSCs, a calcein AM/ethidium
homodimer-1 assay was performed. Images of the stained
cells within the alginate beads are shown in Figure 3, where
live cells are green and dead cells are red. The images were
employed to measure cell viability at 7, 14, and 21 days in
culture (Figure 3(f)). The live/dead cell ratios for hADSCs
encapsulated within the Co1.25 and Co2.5 beads did not
differ significantly from that in the corresponding controls,
although the ratio appeared to be slightly less than the control
ratio in the Co2.5 group at all the time points examined.
Cell viability in the Co5 sample was comparable to that in
the control at 7 days in culture, but the number of live cells
decreased at 14 and 21 days, with a significant difference from
the control at 21 days. Cells in the Co10 sample showed a
relative cell viability of 40.13%, 12.36%, and 7.24% on days 7,
14, and 21, respectively, which was significantly lower than the
control at each time point, indicating the potential toxicity of
Co+2 contained within the alginate beads (Figure 3).
3.3. Histological Observations. The round shape of the hADSCs within the alginate beads and the unfilled spaces, or
lacunae, associated with cartilage tissue-like structures were
both illustrated by toluidine blue staining (Figure 4). After 21
days in culture, lacunae and matrix deposition were clearly
revealed in the Co2.5 sample. The Co5 beads demonstrated
similar cell behavior as the Co2.5 beads, even though the
number of lacunae in the encapsulated cells was lower
than that observed for the Co2.5 sample. The numbers of
encapsulated cells within the Co1.25 and Co10 beads were
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Figure 1: Continued.
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Figure 1: Cumulative size distribution (a–d) and microscopic images (a –d ) of Ca/Co alginate beads with encapsulated hADSCs at 2 h after
preparation. ((a), (a )) Control sample; ((b), (b )) Co1.25 sample; ((c), (c )) Co2.5 sample; ((d), (d )) Co5 sample; and ((e), (e )) Co10 sample.
The mean bead diameters were as follows: control, 810 ± 36 𝜇m; Co1.25, 821 ± 98; Co2.5, 789 ± 52; Co5, 826 ± 74 𝜇m; and Co10, 804 ± 16 𝜇m.
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1000 𝜇m

Figure 2: Images of Ca/Co alginate beads with encapsulated
hADSCs on day 21 in culture. (a) Control sample; (b) Co1.25 sample;
(c) Co2.5 sample; (d), Co5 sample; and (e) Co10 sample.

quite limited, and the lacunae had an irregular appearance in
the Co10 sample and were not well defined.
3.4. qRT-PCR Analysis of mRNA Expression Levels of Chondrogenic Markers in hADSCs. To verify hADSC differentiation into chondrocytes, mRNA expression levels of HIF-1,
chondrogenic markers (collagen type II, Sox9, and versican),
and chondrogenic hypertrophic marker (collagen type 10)
were quantified in the cells by qRT-PCR. The Sox9 mRNA
expression profile in the control samples showed a peak at
14 days in culture, followed by downregulation at 21 days.
Gene expression of collagen type II and HIF-1 decreased at
14 and 21 days, while that of versican remained unaltered
over the 21-day culture period (Figure 5). The Co1.25 sample
exhibited strong upregulation of Sox9 and versican gene
expression at 14 days, yielding mRNA levels that were 30and 18-fold higher than control levels, respectively. However,
Sox9 and versican mRNA expression levels were similar to
control levels at day 21, and HIF-1 and collagen type II gene
expression did not vary significantly over the course of the
experiment (Figure 5(a)). Sox9 gene expression in the Co2.5
sample continuously increased from day 7 to day 21, while
the control expression levels decreased from day 14 to day
21. HIF-1 mRNA levels showed upregulation at 7 days, but

the expression levels decreased at 14 and 21 days, and were
similar to control levels (Figure 5(b)). Sox9 and versican
mRNA levels both showed continuous increases in the Co5
sample (Figure 5(c)), and versican mRNA levels showed the
same trend in the Co10 sample (Figure 5(d)). In the Co5
sample (Figure 5(c)), versican mRNA expression levels were
∼3-fold higher than the control level at 21 days in culture.
Meanwhile, HIF-1 showed a similar trend as in the Co2.5
sample, with a ∼2-fold increase at 7 days in culture, followed
by downregulation on days 14 and 21. The Col2A1/Col1A1
ratio showed no significant differences in Co1.25 at 7 and
14 days of culture with respect to control and it increased
after 21 days of culture; differently the ratio in Co2.5 and
Co5 resulted in being higher than control in all experimental
times whereas the Co10 values were similar to control,
except for day 21 where a decrease was shown (Figure 6(a)).
Concerning the Col10A1, its expression resulted similar in all
experimental conditions (Figure 6(b)).

4. Discussion
The main goal of the present work was to induce chondrogenic differentiation of hADSCs by employing low-cost
alginate materials and straightforward techniques. Alginate
hydrogels are widely used as scaffolds in tissue engineering
applications because they provide a three-dimensional structure reminiscent of the native extracellular matrix of cells
within tissues. Alginate also has the ability to promote and
stabilize the chondrogenic phenotype [14, 35, 43, 44]. Here,
we exploited the synergic effect of alginate in combination
with Co+2 ions to mimic the natural environment and
biophysical properties of cartilage tissue in vivo. Due to
its negative charge and abundance of hydroxyl functional
groups, alginate shows a high affinity toward bivalent ions,
which then trigger gel formation by generation of interchain
bridges after contact with the polysaccharide [35, 38–41].
Divalent ions not only are adsorbed onto the surface of
the biomaterial in contact with the gelling bath solution, but
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Figure 3: Live/dead (green/red) staining of hADSCs encapsulated within alginate Ca/Co beads. ((a), (a ), (a )) Control sample; ((b), (b ),
(b )) Co1.25 sample; ((c), (c ), (c )) Co2.5 sample; ((d), (d ), (d )) Co5 sample; and ((e), (e ) (e )) Co10 sample. (f) Cell viability of hADSCs
(live cells/live + dead cells) encapsulated within Ca/Co alginate beads. Black bar: 7 days; dark grey bar: 14 days; light grey bar: 21 days. Data
are given as the means ± the standard deviation (SD) (𝑛 = 3 independent experiments); ∗ indicates statistical differences compared to control
samples at the same time point (𝑃 < 0.05).

also diffuse into the gel through microscopic channels. In this
manner, the ions can interact with functional groups inside
the gel [45]. This process permits the formation of a uniform
gel structure, where the ions are homogeneously distributed.
In this study, the alginate gel was obtained by using CaCl2
and varying concentrations of CoCl2 . Co+2 ions, like Ca+2
ions, participate in the gelation process by producing an in
situ Co+2 reservoir directly available to the encapsulated cells.
Keeping our low-cost philosophy in mind, we produced
cell-encapsulated alginate beads via a dripping technique.
This method is widely used in cell encapsulation because it is
easy to set up and requires no expensive instrumentation [46,
47]. Although some researchers prefer other approaches to
generate alginate particles (e.g., emulsification or electrostatic
droplet generation techniques [48–50]), our experimental
conditions yielded alginate beads with a narrow size distribution and a smooth spherical shape, two critical parameters
for quality control of three-dimensional cell culture scaffolds
[46, 51, 52] (Figures 1 and 2). Therefore, the dripping method
is reproducible and suitable for our aims.
The ideal conditions for survival of encapsulated cells
were empirically determined by assessing relative cell viability
within alginate beads collected in gelling baths containing
varying amounts of Co+2 . Consequently, the live/dead cell
assay showed a dose-response relationship with Co+2 concentration, with enhanced viability of hADSCs in Co1.25
and Co2.5 alginate spheres after 21 days in culture. These
findings suggest that initial Co+2 concentrations of 1.25 and
2.5 mM in the gelling bath are well tolerated by the cells.
However, cell viability was reduced in the Co5 and Co10
samples, indicating that high Co+2 concentrations are not
ideal for long-term study of chondrogenic differentiation. For
example, the live/dead cell ratio in the Co10 sample was ∼45%
at 7 days and decreased thereafter, ascribable to an acute
cytotoxic effect of Co+2 at elevated concentrations.

Importantly, an equilibrium exists between the concentration of Co+2 in the gelling bath and that inside the alginate
bead. We assumed that the Co+2 concentration within the
particle would be less than that in the gelling bath, allowing
cell survival and differentiation. Regardless, future studies
will be required to investigate the optimal Co+2 concentration
within the beads for chondrocytic differentiation of encapsulated stem cells.
Chondrogenic differentiation was monitored herein by
qRT-PCR. HIF-1 gene expression was of particular interest
because HIF-1 is a predominant mediator of the hypoxic
response. As noted above, the HIF-1𝛼 subunit is rapidly
degraded under normoxic conditions by PHDs and FIH.
Under hypoxic conditions, PHDs and FIH are inactivated
and HIF-1𝛼 is spared; hence, HIF-1𝛼 can interact with
HIF-1𝛽 and translocate into the nucleus. The HIF-1𝛼/HIF1𝛽 complex then binds to hypoxia-responsive elements in
cartilage marker genes, enhancing their transcription [19, 22,
26, 30].
Intriguingly, Co+2 ions can reportedly increase HIF-1
mRNA synthesis [31]. In our experiments, HIF-1 mRNA
expression levels were increased at 7 days in culture in
the Co2.5 and Co5 samples and decreased thereafter. These
results are suggestive of a negative HIF-1 feedback mechanism
with prolonged hypoxic exposure. On the other hand, Sox9
mRNA expression levels were continuously upregulated in
the Co2.5 and Co5 samples over the 21 days of the experiment,
while the same trend was observed for versican mRNA levels
in the Co5 sample. These two markers have pivotal functions
during the early stages of chondrogenic differentiation: Sox9
is a transcription factor that regulates cell condensation
and the production of other chondrogenic markers, such as
collagen type II [53, 54], while versican is a hyaluronanbinding proteoglycan that plays specific roles at the articular
cartilage surface and is involved in regulation of the cartilage
cell phenotype [54–56].
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Figure 4: Microscopic images of hADSCs encapsulated within Ca/Co alginate beads at 21 days in culture and stained with toluidine blue.
((a), (a )) Co1.25 sample; ((b), (b )) Co2.5 sample; ((c), (c )) Co5 sample; and ((d), (d )) Co10 sample. Black arrows indicate proteoglycan
matrix deposition. Black squares indicate lacunae.
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Figure 5: qRT-PCR analysis of hADSCs encapsulated within Ca/Co alginate beads. Expression levels of marker genes were normalized to
that of GAPDH and calculated as fold changes relative to expression levels of hADSCs encapsulated within control Ca alginate beads at 7
days. Data are given as means ± the SD (𝑛 = 3 independent experiments; ∗ 𝑃 < 0.05). VCAN: versican.

Although the Co1.25 sample showed strong upregulation
of Sox9 mRNA and versican mRNA at 14 days, no significant
change in HIF-1 mRNA expression was observed at any
time point. We surmise that the Co+2 concentration in the
Co1.25 capsule was insufficient to promote chondrogenic
differentiation and that the increased gene expression of
chondrogenic markers in hADSCs resulted from induction
by alginate alone.
Toluidine blue staining and histological observations
confirmed the impact of the Co2.5 and Co5 samples on the
early stages of chondrogenic differentiation. Both samples
promoted the formation of numerous lacunae associated with
cartilage tissue-like structures at day 21 in culture, as well
as proteoglycan matrix deposition (Figures 4(b), 4(b ) and

4(c), 4(c )). However, in agreement with the qRT-PCR results,
no proteoglycan deposition into the lacunae was observed
for the Co1.25 sample. Moreover, the irregular morphology
of the cells in the Co10 sample again suggests that the
conditions in this scaffold were inappropriate for optimal
hADSC differentiation.
Collagen type II mRNA was only detected at low levels in
all of the samples, even though collagen type II is a fundamental component of the cartilage extracellular matrix. Possibly,
optimal collagen type II synthesis requires more time than
the 21-day observation period of our study, depending on
the culture system [37]. However, the Col1A1/Col2A1 ratio
suggests that Co2.5 and Co5 samples may be more suitable
for chondrogenic differentiation; in fact, a ∼50-fold increase
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Figure 6: (a) Col1A1/Col1A2 mRNA ratio synthetized by hADSCs encapsulated within Ca/Co alginate beads. (b) qRT-PCR analysis of
Col10A1. Expression levels of marker genes were normalized to that of GAPDH and calculated as fold changes relative to expression levels
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given as means ± the SD (𝑛 = 3 independent experiments; ∗ 𝑃 < 0.05).

of Col2A1 in comparison with Col1A1 after 21 days could
reveal a tendency of hADSCs to evolve in chondrocytes.
Nevertheless, further investigations will be focused on the
long-term maintenance of hADSCs within Co/Ca alginate
beads to evaluate Col2A1 synthesis.
Finally, the expression of collagen type X was detected.
This protein is expressed when chondrocytes hypertrophy.
Generally, collagen type X is restricted to the deep cartilage
zone and the adjacent calcified cartilage in adult articular
cartilage. A hypertrophic chondrocyte is a cell that has
gradually differentiated toward osteogenesis [57, 58]. In our
experiments, the collagen type 10 expression is very low
and similar to the control in all experimental conditions.
The results reveal the beads have the advantage of keeping
the differentiated cells in a chondrocyte or chondroprogenitor phenotypes without differentiating toward osteogenesis.
However, as stated above, long-term studies are necessary.

5. Conclusions
This study shows a novel and low-cost approach to induce
in vitro chondrogenic differentiation of MSCs encapsulated
within alginate beads. This strategy exploits the synergic
actions of Co+2 and alginate and does not include traditional
differentiation-promoting growth factors. The alginate beads
produced herein provide a cartilage tissue-mimetic environment and are promising for use in cartilage tissue engineering
applications. In addition, the dripping technique used for
bead production is straightforward, reproducible and permits
gentle encapsulation of hADSCs without reducing cell viability. However, this work only represents an initial phase of our
study of alginate beads for cartilage tissue engineering; the
results suggest a chondroprogenitor phenotype of cells and
the complete differentiation requires long-term experiments.
Optimization of the Co+2 molar concentration in the beads
and long-duration culturing are already underway in a
continuation of the current investigation.
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Hepatotoxicity is one of the most cited reasons for withdrawal of approved drugs from the market. The use of nonclinically relevant
in vitro and in vivo testing systems contributes to the high attrition rates. Recent advances in differentiating human induced
pluripotent stem cells (hiPSCs) into pure cultures of hepatocyte-like cells expressing functional drug metabolizing enzymes open
up possibilities for novel, more relevant human cell based toxicity models. The present study aimed to investigate the use of
hiPSC derived hepatocytes for conducting mechanistic toxicity testing by image based high content analysis (HCA). The hiPSC
derived hepatocytes were exposed to drugs known to cause hepatotoxicity through steatosis and phospholipidosis, measuring
several endpoints representing different mechanisms involved in drug induced hepatotoxicity. The hiPSC derived hepatocytes were
benchmarked to the HepG2 cell line and generated robust HCA data with low imprecision between plates and batches. The different
parameters measured were detected at subcytotoxic concentrations and the order of which the compounds were categorized (as
severe, moderate, mild, or nontoxic) based on the degree of injury at isomolar concentration corresponded to previously published
data. Taken together, the present study shows how hiPSC derived hepatocytes can be used as a platform for screening drug induced
hepatotoxicity by HCA.

1. Introduction
The liver is the most important and susceptible organ in
drug toxicity being functionally interposed between site
of absorption and systemic circulation [1]. Drug induced
liver injury (DILI) is broadly classified into intrinsic (dose
dependent and usually predictable) and idiosyncratic (does
not depend on dose and unpredictable). DILI has been
reported as the major reason for withdrawal of approved

drugs from the market [2]. Nearly 90% of the lead candidates
identified by current in vitro screens fail to become drugs and
about 50–60% of drugs progressing to clinical trials fail in the
late stages of drug development [3, 4]. This raises a need for
devising more relevant and effective screening strategies for
identifying new candidate drugs (CDs), with low risk to cause
DILI [5]. DILI in particular makes it more difficult owing to
several mechanisms of toxicity being involved. In addition,
complex interactions with the immune system, exposure
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to viral infections, and genetic background of individuals
affect the sensitivity of DILI [6]. Different compounds have
their own sequential pattern through which they manifest
an injury. Also a single drug can have multiple effects with
several mechanisms of toxicity [1]. Despite the numerous
animal and in vitro models available, currently used assays
have low concordance with human liver toxicity [7, 8]. The
cells need to be of human origin with functional drug
metabolic competence due to substantial species differences.
High content analysis (HCA) is a powerful cell based
screening method showing high sensitivity and specificity in
combination with an appropriate cell source. This technology
employs simultaneous measurement of multiple endpoints
which are relevant to the mechanisms involved in toxicity
[9]. Several cellular models are being used to study drug
metabolism and toxicity. Some of the more well-established
models are primary cell cultures, immortalized cell lines,
intracellular fractions, precision cut liver slices, and whole
perfused livers [10]. However, due to different limitations of
these models, there is currently no ideal in vitro assay for
testing hepatotoxicity.
Human pluripotent stem cells (hPSC) possess two very
important capabilities, infinite self-renewal and the ability to
differentiate into any cell type in the human body. Hence, they
are being explored as a promising source of functional human
hepatocytes. Hepatocytes can be derived from both human
embryonic stem cells (hESCs) and human induced pluripotent
stem cells (hiPSCs) [11, 12]. These cells have several significant
advantages over existing systems, such as the fact that they are
of human origin, the fact that they allow cell manufacturing
with consistency between batches with an endless supply of
cell material, and the opportunity to select genetic background of the starting material [13, 14]. Recently, advances
in differentiating hESC and hiPSC to hepatocytes have been
made generating highly pure cultures of hiPS derived hepatocyte like cells expressing hepatic markers and functional
drug metabolizing cytochrome P450 enzymes. The hiPSC
derived hepatocytes used in this study were differentiated
from Cellartis human iPSC line, ChiPS4, using Cellartis
DE Diff Kit and Hepatocyte Diff Kits (referred to as hiPSHEP in previous publications) [15, 16]. The hiPS-hepatocytes
exhibit typical hepatic morphology, expressing many hepatic
markers (Figure 1), and are capable of metabolizing drugs via
the cytochrome P450 (CYP) families 1A and 3A [15].
In the present study, we show that the hiPSC derived
hepatocyte can serve as a platform for monitoring drug
induced steatosis and phospholipidosis by HCA following
mechanistic endpoints such as viability, nuclear changes,
mitochondrial membrane potential (MMP), reactive oxygen
species (ROS), and plasma membrane permeability (PMP).
The hiPS-hepatocyte platform was benchmarked against the
well-established HepG2 cells. Based on the toxic mechanisms
involved, the chemicals amiodarone, doxycycline, tetracycline, and sodium citrate were categorized as severe, moderate, mild, and nontoxic. The assays for various parameters
were robust and reproducible between wells, plates, and
batches and thus hiPSC derived hepatocytes are a promising
in vitro cell system for toxicity assessment by HCA.
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2. Materials and Methods
2.1. Human Induced Pluripotent Stem Cells and Hepatic
Differentiation. The hiPSC line ChiPSC4 (Takara Bio Europe
AB) was derived as described before using human dermal
fibroblasts [15]. ChiPSC4 was maintained and cultured under
standard conditions in the Cellartis DEF-CS with continuous
passaging twice a week according to manufacturer manual
(Takara Bio Europe AB).
For hepatic differentiation, a serum- and feeder-free procedure recapitulating liver development was applied. First,
ChiPSC4 was guided to differentiate into definitive endoderm using the Cellartis DE Diff Kit (Takara Bio Europe AB;
Y30030), containing complete media and coating solution
for differentiation of hPSC to DE cells in 2D culture. On
day 7 of differentiation, the DE cells were enzymatically
dissociated and reseeded into fibronectin coated 96-well
plates. Briefly, fibronectin solution was prepared by diluting
fibronectin (Sigma; F0895) 1 : 20 to 50 𝜇g/mL in D-PBS+/+
(Life Tech; 14200-067). Wells of 96-well plates were coated
by adding fibronectin solution 0.15 mL per cm2 to the wells
and let to incubate for >60 min at RT. DE cells were enzymatically detached using TrypLE Select (Life Tech; 12563011) 0.1 mL/cm2 and incubated for 3–5 min at 37∘ C. The
enzymatic reaction was stopped by adding 10% KO-SR (Life
Tech; 10828-028) in D-PBS−/− to achieve a 1 : 1 dilution of
the cell suspension. Next, the cell suspension was centrifuged
for 5 min at 300 g at RT, the supernatant was removed,
and the cell pellet was resuspended in warm Hepatocyte
Thawing and Seeding medium (Cellartis Hepatocyte Diff Kit;
Takara Bio Europe AB; Y30050). Prior to seeding of cells,
excess coating was removed and 150 K DE cells/cm2 were
seeded in the 96-well plates. On days 9 and 11 (counted from
the start of ChiPSC4 differentiation), medium was changed
using Hepatocyte Progenitor Medium (Cellartis Hepatocyte
Diff Kit). On day 14 and onwards, medium changes were
performed every second or third days using warm Williams
Medium E (Life Tech; 32551-087) supplemented with 0.1%
PEST, HCM Single Quots (Lonza; CC-4182; GA-1000 was
omitted), 10 ng/mL Oncostatin M (PromoKine; C-65020),
40 ng/mL Hepatocyte Growth Factor (PromoKine; C-64530),
0.1 𝜇M dexamethasone (Sigma; D8893), and 1.4 𝜇M BIO
(Sigma; B1686).
The differentiation procedure described above corresponds to Cellartis hiPS-HEP by Takara Bio Europe AB
(Göteborg, Sweden).
2.2. Immunocytochemistry. Human iPSC derived hepatocytes were stained as previously described in Ulvestad et al.
[15]. The primary antibodies used in this study were rabbit
anti-𝛼1-antitrypsin (1 : 200, A0012, DAKO), mouse anti-CK18
(1 : 100, M7010, DAKO), and rabbit anti-HNF4𝛼 (1 : 300, sc8987, SantaCruz Biotechnology). The following secondary
antibodies were used and purchased from Life Technologies:
donkey anti-rabbit Alexa Fluor 488 IgG (1 : 1000, A21206),
donkey anti-rabbit Alexa Fluor 594 IgG (1 : 1000, A21207),
and goat-anti-mouse Alexa Fluor 488 (1 : 500, A11029).
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Table 1: Compounds studied according to their documented mechanism of action.

Compounds
Amiodarone HCl
Doxycycline
Tetracycline hydrochloride

MW
681.8
512.94
480.9

CAS number
19774-82-4
24390-14-5
64-75-5

Therapeutic group/chemical class
Antiarrhythmic agent
Antibiotic
Antibiotic

Mechanism of toxicity
ST, PL, MI
MI, AP, ST
ST, MI

AP: apoptosis; CAS: chemical abstracts service; MI: mitochondrial impairment; MW: molecular weight; PL: phospholipidosis; ST: steatosis.

(a)

(b)

(c)

(d)

Figure 1: Morphology of hiPSC derived hepatocytes (a) and expression of hepatic markers cytokeratin 18 (b), HNF4𝛼 (c), and alpha-1antitrypsin (d). Scale bars equal 50 𝜇m.

2.3. Materials for HCA. The fluorescent dyes (Hoechst
33342, HCS LipidTOX Green neutral lipids (H34475),
HCS LipidTOX Red phospholipidosis (H34351), MitoTracker
orange CMTMRos (M7510), carboxy-H2DCFDA (C400),
and TOTO-3 Iodide (T3604)) were from Life Technologies,
Invitrogen. The CellBIND 96 Well Flat Clear Bottom Black
Polystyrene Microplates were purchased from Corning.
2.4. Selection of Compounds. Three compounds (amiodarone
hydrochloride, doxycycline, and tetracycline hydrochloride)
known to induce hepatotoxicity through steatosis and phospholipidosis were studied (Table 1) [17]. As a negative control,
sodium citrate, a nontoxic agent, was included. Positive
controls were included to assess the quality of testing in
each plate. Compounds with known responses were added
in triplicate for each endpoint being measured. The following
drugs/agents were used as positive controls for different toxic
read-outs: Cyclosporin A (30 𝜇M) for neutral lipids, propranolol (30 𝜇M) for phospholipids, mitochondrial uncoupler
FCCP (100 𝜇M) for mitochondrial membrane potential, and

tert-Butyl hydroperoxide (TBHP) luperox (100 𝜇M) for reactive oxygen species. When the control treated values deviated
more than three standard deviations away from the mean of
the other two wells, they were considered as outliers. If more
than three outliers occurred in a plate, the experiment was
discarded and repeated.
2.5. HepG2 Cell Culture. HepG2 cells (HB-8065, ATCC)
were cultured according to the provider’s instructions and
as previously described [15]. Briefly, the cells were grown
in DMEM supplemented with 10% heat inactivated FBS, 1%
penicillin-streptomycin (PEST), 1% sodium pyruvate, and 1%
nonessential amino acids. Cells were passaged at 1 : 8 or 1 : 6
every 3-4 days when they reach 75–80% confluence. Seeding
density was optimized for HCA application to ensure that
the cells were in a monolayer (5000 cells per well in 96-well
plates) for precise imaging. The cells were grown for 48 h to
attach and stabilize. The experiments performed with HepG2
cells were designed to ensure that each assay was performed
with cells in a similar growth phase.

4
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Cell culture
Differentiation of hiPS-HEP cells

96-well format (outer wells excluded)
hiPSC derived hepatocytes: day 23 of
differentiation
Top conc.: 1000 𝜇M (125 𝜇M for amiodarone)
48 h incubation LipidTox Red probe added to
cultures to be fixed

Incubate LipidTox Green

Change to phenol red free
medium

Fixed assay

Fix cells with 4% PFA

Incubate fluorescence probe
cocktail

Image acquisition and analysis

Live assay

Incubation of toxic compounds

Live assay: Hoechst 33342, MitoTracker orange,
carboxy-H2DCFDA, TOTO-3 (45 min incubation)
Fixed assay: Hoechst 33342 + PFA 4% (30 min
incubation)
Live assay: PR free medium with probes (10 min
incubation)
Fixed assay: cells washed 2-3 times with PBS+/+ and
stained by LipidTox Green
Olympus ScanR for acquisition and analysis
Parameters: count, mean intensity, area
measured for all channels

IC50 /EC50
Data analysis

Data categorization based on degree
of injury

Minimal effect concentration
Toxicity risk
Estimating degree of injury at isomolar
concentration
Score different parameters and categorize them as
severe, moderate, mild, and nontoxic

Figure 2: HCA assay scheme for screening drug induced steatosis and phospholipidosis.

2.6. Assay Procedure. The cells were treated for 48 h with
compounds at varying concentrations (half log dilution from
the top concentration). The highest concentrations were fixed
approximately 100-fold their Cmax , 1000 𝜇M for doxycycline,
tetracycline, and sodium citrate, and 125 𝜇M for amiodarone.
The stock solutions were prepared in DMSO or water and
were diluted in culture medium to obtain the final concentration. Each concentration was assayed in triplicate wells.
Vehicle control wells were included and the final DMSO
concentration in the medium never exceeded 0.5% (v/v).
Each batch had two plates each for fixed and live assays. The
experimental process is illustrated in Figure 2.
2.7. Probes. Hoechst 33342, a cell-permeant nuclear dye,
was used for measuring nuclei changes and cell number.
LipidTOX Green neutral lipids and LipidTox Red phospholipidosis were used for identifying neutral lipid and phospholipid formation within the cells. MMP changes (Δ𝜓m)
within the cell were measured using MitoTracker orange.
Carboxy-H2DCFDA (6-carboxy-2 ,7 -dichlorodihydrofluorescein diacetate) an acetylated fluorescent was used for
measuring ROS. And finally, TOTO-3 was used for assessing
PMP.
The fluorescence probes were grouped into two sets
according to their optical compatibility and requirement of

fixed or live material. The probe concentrations were optimized and were grouped in such a way that their absorption
and emission spectrum did not overlap to avoid spectral
bleed-through while taking the spectral range of quadruple
filter being used into consideration. The fluorescent probes
for neutral lipids and phospholipids required the cells to
be fixed and were assigned to the fixed assay. The probes
MitoTracker orange, carboxy-H2DCFDA, and TOTO-3 were
assigned to the live assay. Hoechst 33342 was included in both
the fixed and live assays.
2.8. Administration of Probes. Following compound incubation, probes were administered to the cultures of the
live assay. 50 𝜇L medium containing MitoTracker orange,
carboxy-H2DCFDA, TOTO-3, and Hoechst probes was
loaded to the cells with 100 𝜇L medium to a final concentration of 300 nM, 25 𝜇M, 1 𝜇M, and 1X, respectively. After
incubation for 45 min at optimal cell culture conditions, the
cells were changed to phenol red (PR) free medium for live
cell imaging. For fixed assay, LipidTox Red probe was added
with the compounds, and after 48 h the cells were fixed in
4% PFA supplemented with 1X Hoechst stain for 30 min
at room temperature. Subsequently, cells were washed with
PBS+/+ and 1X LipidTOX Green stain diluted in PBS+/+ was
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incubated with the cells for 30 min at room temperature. The
plates were imaged without removing the buffer with probe.
2.9. Image Acquisition. The cells were imaged using an Olympus ScanR system. Prior to image acquisition, the heating
system and CO2 gas flow were started to ensure optimal
conditions in the ScanR chamber for live cell analysis. The
incubator was set to 37∘ C with 5% CO2 and relative humidity
of 90%. The LUCPLFLN 20X long distance objective with
NA 0.45 was used to image distinct fluorescence channels. In
order to cover the entire well and also to capture maximum
cell events sixteen fields per well (4×4 tile grid spread equally)
were imaged. The channel exposure time for LipidTOX
Green, LipidTOX Red, MitoTracker orange, and carboxyH2DCFHDA were set based on the fluorescence of the
negative control wells and were set constant within each plate.
Exposure time for Hoechst and TOTO-3 was set in the range
of 1–10 ms depending on cellular fluorescence intensity.
2.10. Image Analysis. The acquired images were analyzed
using ScanR analysis program from Olympus. Background
correction was applied for all images with a constant filter
size value before quantification. During analysis, out-of-focus
images were discarded to avoid deluding intensity values.
Hoechst fluorescence signal identifying nuclei was used as the
main object for cell count and other parameters measuring
nuclear changes. To define main object, intensity threshold
was used as object finding module. Watershed algorithm
was applied to separate clusters along the indentations along
the contours of the clusters to get individual cells. All other
fluorescence signals were considered as subobjects. A ring
area was applied around the main objects/nuclei with a set
distance marking cytosolic region around the nucleus. This
area is assigned mask and all other parameters besides the
nucleus (the main object)-related parameters were measured
within the mask area. Selected parameters such as count, total
intensity, mean intensity, and area were estimated for each
fluorescence channel. LipidTox Green and LipidTOX Red
fluorescence defined for neutral lipids and phospholipids,
respectively, were measured as spots for estimating number
of lipid/phospholipid droplets per cell. MMP, ROS, and PMP
parameters were estimated using intensity module. The analyzed parameters were exported to Microsoft excel for further
calculations. The values for each parameter were normalized
to the vehicle control and are presented as percentage of
vehicle control.
2.11. Data Analysis. For each parameter analyzed, the dose
response curves were plotted and IC50 /EC50 values were
generated when possible with GraphPad Prism 5 using
nonlinear four-parameter logistic curve fit (least squares).
The minimal effect concentration (MEC) was defined as
the lowest concentration that produced significant difference
(𝑝 ≤ 0.05) when compared to the vehicle control. The
toxicity risk (TR) for each compound was defined as ratio
of minimal effective concentration to the maximum plasma
concentration of the drug (Cmax ). Steatotic risk index (SRI)
was calculated as the ratio of the MEC for neutral lipid
accumulation or for ROS generation to Cmax .
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In order to classify compounds according to their toxicity potential, the level of change was calculated for each
parameter at isomolar concentration of 100 𝜇M (except for
amiodarone HCl at 125 𝜇M). The scoring sheet used for
estimating the degree of injury was adapted from Tolosa
et al. [18]. Four different scores were assigned according
to the level of variation when compared to the vehicle
control; 0 (variation lower than 20%), 1 (variation ±20–
40%), 2 (variation ±40–60%), and 3 (variation ±60–100%).
The percentage change for steatosis and phospholipidosis
was in a different range, so different levels were established.
The scores were assigned as 0 (variation lower than 25%), 1
(variation between 25 and 150%), 2 (variation between 150
and 300%), and 3 (variation >300%). The individual scores for
each parameter were summed up to estimate the severity or
the degree of injury of the compound. The compounds were
classified based on the degree of injury as severely toxic (≥15),
moderately toxic (6–15), mildly toxic (1–5), and nontoxic
(0). The order in which the compounds were classified was
compared between hiPS-HEP and HepG2 cells.
2.12. Assessment of Predictivity. Sensitivity was measured as
the proportion of toxic drugs testing positive, TP/(TP +
FN), where TP is the number of toxic compounds testing
positive and FN is the number of toxic drugs testing negative.
Specificity was measured as proportion of nontoxic drugs
testing negative, TN/(TN + FN), where TN is the number
of nontoxic drugs testing negative and FN is the number
of nontoxic drugs testing positive. For predicting overall
toxicity producing a positive response, a compound should
have a clear dose response relationship and the magnitude of
effect had to be biologically relevant. The compound was not
considered positive if the effects were seen only at the highest
concentration unless subsequent effect was measured for
either of the parameters at lower concentration. An effect was
considered positive when the parameter analyzed showed significant difference of 𝑝 ≤ 0.05 when compared to the control.
2.13. Assay Imprecision. To estimate the degree of random
variation and artifacts in the assay, imprecision in different
parameters was determined. The variations were estimated
between the following: (1) well-to-well within a plate, (2)
plate-to-plate within a batch, and (3) batch-to-batch for every
parameter measured. Negative control wells were used to
assess imprecision in cell count, nuclear changes, and plasma
membrane permeability. Positive control wells were used for
assessing imprecision in MMP, steatosis, phospholipidosis,
and ROS. Values were considered as outliers and excluded,
when they were more than three standard deviations away
from the corresponding mean values for each parameter.
To estimate well-to-well coefficient of variance, mean,
standard deviation, and CV% were calculated for every control well (𝑁 = 3) and an average CV% of all the eight plates
was reported for well-to-well variation. The well-to-well
mean values for each parameter within a plate (𝑁 = 2) were
then averaged and its CV% was calculated for plate-to-plate
variation. For batch-to-batch variance, the mean values from
each plate were averaged and its CV% was reported (𝑁 = 4).
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2.14. Statistical Analysis. Test compounds and controls were
measured in triplicate with at least three independent experiments for both hiPS-HEP and HepG2 cells. The statistical
analysis was performed using one-way ANOVA, with Dunnett’s test as the post hoc method. A 𝑝 value equal to or below
0.05 was considered statistically significant.

3. Results
3.1. Characterization of Human iPS Derived Hepatocytes. The
morphological characteristics of hiPSC derived hepatocytes
were monitored at the start of the experiment and during
toxicity dosing. The hiPSC derived hepatocytes displayed
distinct morphology closely resembling human primary
hepatocytes in vitro (Figure 1). They formed a monolayer
of flat polygonal shaped cells and were often binucleated.
The hiPSC derived hepatocytes expressed typical hepatic
markers, for example, cytokeratin 18, HNF4𝛼, and alpha-1antitrypsin, uniformly in the cultures (Figure 1). It was previously described and shown that the hiPS derived hepatocytes
(denoted Cellartis hiPS-HEP) express functional cytochrome
P450 activity of CYP1A and 3A [15].
3.2. HCA Assessment of Drug Induced Steatosis and Phospholipidosis. Multiplexing different probes gave an overview of
the mechanisms being affected by a compound. Different
parameters were measured within a specific cytoplasmic
mask around single- or binuclei of the cells. Dose response
curves of parameters measured for amiodarone, doxycycline,
tetracycline, and sodium citrate in hiPSC derived hepatocytes
and HepG2 cultures were quite consistent between the two
cell systems. However, the sequence of parametric changes
varied between compounds and the two cell sources.
The dose response effects of amiodarone, doxycycline,
tetracycline hydrochloride, and sodium citrate in hiPSC
derived hepatocytes are shown in Figure 3. Amiodarone
induced both steatosis and phospholipidosis and displayed no
cytotoxic effects below 12.5 𝜇M, while the cell count decreased
by 76% at 39.5 𝜇M. Sequential events were observed as
follows: phospholipid accumulation started at 4 𝜇M, followed
by an increase in ROS and subsequent increase in MMP.
Hyperpolarization of mitochondrial membrane was detected
in doses up to 40 𝜇M where at higher doses the mitochondrial membrane potential dropped. Phospholipids were not
detected at concentrations higher than 40 𝜇M. Pronounced
steatogenic effects were apparent with 18-fold increase in
number of lipid droplets compared to control and in a
dose dependent increase of intensity and mean lipid area.
Figure 4 shows high magnification images of lipid droplet
formation in hiPSC derived hepatocytes induced by the
steatogenic drugs amiodarone, doxycycline, tetracycline, and
cyclosporine A and phospholipid accumulation induced by
amiodarone and propranolol.
Doxycycline had effects on plasma membrane permeability (PMP) at low concentrations starting from 32 𝜇M. The cell
count was reduced by 50% at 100 𝜇M and significant increase
in lipid accumulation was observed at 320 𝜇M. In parallel
to lipid accumulation, doxycycline induced a concentration
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dependent depolarization of the mitochondrial membrane,
while ROS levels were unaffected. As expected, no changes
were detected for phospholipid parameters.
Tetracycline hydrochloride had minimal cytotoxic effects.
The mean nuclear intensity and area were similar to the
control up to 100 𝜇M, and at higher concentrations small
increases by 12% and 14%, respectively, were observed. The
sequence of effects was as follows: at 32 𝜇M the mitochondrial
membrane potential (MMP) and the accumulation of lipid
droplets increased, at 100 𝜇M the oxidative stress increased,
and at 320 𝜇M the nuclear changes were evident for both
nuclear intensity and area. Finally, at the highest concentration, PMP was slightly affected by an increase of 8%
compared to the control. Accumulation of phospholipids was
not detected.
No significant effects were caused by the negative control
substance sodium citrate. The parameters measured were
consistent over the whole dose range.
3.3. Determination of IC50 /EC50 . The IC50 and EC50 values
were calculated for each parameter which had a complete
range of dose response (Table 2). For dose response curves
which had a wide confidence interval the values were treated
as ambiguous, thus a direct corelation or comparison between
hiPSC derived hepatocytes and HepG2 cell lines could not
be established. The values were highly correlated with the
concentration at which evident effects were seen. The IC50
and EC50 values in relation to the parameters investigated
aid at determining the likely mechanisms through which the
compounds cause toxicity.
From Table 1, it can overall be inferred that the most
sensitive parameters were ROS and nuclear area for both
the hiPSC derived hepatocytes and HepG2 cells. In general, hiPSC derived hepatocytes had a more complete dose
response than HepG2 for the concentrations measured. The
most sensitive parameter for amiodarone was nuclear area
followed by phospholipid area in hiPSC derived hepatocytes
and ROS and cell count for HepG2.
3.4. Classifying Compounds by Their Mechanism of Action
Using MEC. The minimal effective concentration (MEC)
was calculated as the lowest concentration with a significant
change (𝑝 < 0.05) when compared to the control for all
parameters (Table 3). The mechanism affected at the lowest
concentration was considered as the main mechanism for
toxicity (denoted in bold). The significance of cytotoxic
signals was estimated by calculating TR and SRI as mentioned
under methods [7].
The ranking of sensitivities of the different parameters
was different when assessed based on MEC in comparison
to IC50 or EC50 values. This difference likely reflects that the
point of first clear significant effect (measured as MEC) measures a low dose enhancement while to reach half maximal
mark (which is measured as IC50 /EC50 ) was prolonged for
some parameters.
3.5. Predictivity of the Assay: Specificity and Sensitivity. The
specificity of the assay in hiPSC derived hepatocytes and
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Figure 3: Representative images of dose response effects of amiodarone HCl (a–c), doxycycline (d–f), tetracycline hydrochloride (g–i), and
sodium citrate (j–l) at three different concentrations in hiPSC derived hepatocytes. Nuclei were detected by Hoechst 33342 (blue) staining in
all images. Fluorescence of LipidTOX neutral lipids (green) and LipidTOX phospholipids (red) in rows (a), (d), (g), and (j) and MMP (red)
and PMP (green) in (b), (e), (h), and (k). ROS (green) in (c), (f), (i), and (l), respectively. Values denoted are mean ± SEM (𝑁 = 3).
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Table 2: IC50 /EC50 values for drug induced effects on different parameters measured in hiPSC derived hepatocytes (hiPS-HEP) and HepG2.
Compound
Cell line
Fixed
Nucleus
Cell count
MI
Area
Steatosis
Count
MI
Area
Phospholipidosis
Count
MI
Area
Live
Nucleus
Cell count
MI
Area
MMP
MI
ROS
MI
PMP
MI

Amiodarone
hiPS-HEP
HepG2

Doxycycline
hiPS-HEP
HepG2

Tetracycline
hiPS-HEP
HepG2

31.0
95.7
2.2

7.6
140
39.5

107
47.2
96.1

165
892
OR

432
211
105

558
348
464

21.0
34.1
25.5

19.5
23.6
30.6

115
441
—

260
OR
398

184
418
213

36.3
361
287

6.1
6.0
4.5

8.9
35.6
7.3

NA
NA
NA

NA
NA
NA

NA
NA
NA

NA
NA
NA

21.9
22.4
10.4

7.2
25.0
29.1

69.4
120
204.3

120.3
153
—

243
380
211

836
959
336

20.8

345

644

622

—

265

26.5

4.6

10.5

115

160

1149

42.2

147

26.9

OR

OR

OR

Four-parameter variable slope curve fit using the least squares method was applied for generating dose response curves in GraphPad Prism software. Parameters
with the lowest and second lowest IC50 /EC50 values are denoted in bold; values in italics had an ambiguous near complete dose response curve fit; [OR], curves
which were out of range. Values denoted are mean values from three different experimental batches (𝑁 = 3). All values are represented as 𝜇M.

Table 3: Cytotoxic effects of the tested compounds in hiPSC derived hepatocytes (hiPS-HEP) and HepG2: minimal effective concentration
and toxicity risk steatotic risk index.
Cell
system

Compound

V
CC

NC
MI A

Fixed assay
S
C MI A

hiPS-HEP

AMD
DOX
TET
SC

39.5 39.5 — 39.5 125 39.5
100 — 316 316 1000 —
1000 — 316 316 1000 —
—
—
— — — —

HepG2

AMD
DOX
TET
SC

4 39.5 125 39.5 39.5
100 1000 1000 316 1000
316 100 316 100 100
—
—
— — —

125
—
—
—

C

PL
MI

12.5
—
—
—

12.5
—
—
—

—
—
—
—

—
—
100
—

A

V
CC

SRIc
Live assay
a
b
NC
MMP ROS PMP 𝐶max TR
Lipid ROS
MI A
MI MI MI

12.5 39.5 39.5 — 39.5 39.5 125
— 1000 100 100 1000 — 31.6
— 1000 — 316 —
316 —
— —
— —
—
—
—
—
—
—
—

12.5 39.5 39.5 12.5 12.5 125
316 — — 1000 316 1000
— 1000 316 — 1000 1000
—
— —
—
—
—

2.2 5.7 18
18
8.8 3.6 36 >114
14.2 22.3 22
22
NA NA NA NA
2.2
8.8
14.2
NA

1.8
11.4
7.0
NA

18
36
7
NA

6
36
70
NA

Mechanism affected at the lowest concentration is denoted in bold. Statistical significance was performed using one-way ANOVA followed by Dunnett’s
test. AMD: amiodarone HCl; DOX: doxycycline; TET: tetracycline; V: viability; NC: nuclear changes; S: steatosis; PL: phospholipidosis; MMP: mitochondrial
membrane potential; ROS: reactive oxygen species; PMP: plasma membrane permeability; CC: cell count; MI: mean intensity; A: area; C: droplet count.
a
Maximum plasma concentration of the drug (𝐶max ), b The toxicity risk (TR) for each compound was defined as ratio of minimal effective concentration to
the maximum plasma concentration of the drug (𝐶max ). c Steatotic risk index (SRI) was calculated as the ratio of the MEC for neutral lipid accumulation or for
ROS generation to the 𝐶max .
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Figure 4: High magnification images of drug induced neutral lipid accumulation in droplets of hiPS derived hepatocytes (LipidTox Green)
by amiodarone 12,5 𝜇M (a), doxycycline 32 𝜇M (b), tetracycline 100 𝜇M (c), and cyclosporine A 30 𝜇M (positive control, d) and drug induced
phospholipidosis (LipidTox Red) by amiodarone 12,5 𝜇M (e) and propranolol 30 𝜇M (positive control, f). Nuclei are stained blue by DAPI.
Scale bar 50 𝜇M.

HepG2 cells for the three compounds tested was 100%. The
number of compounds screened to present a tangible predictivity value is too low in this study to be able to fully address
specificity of the two in vitro systems. Overall the sensitivity
was 100% for nuclear changes, ROS, and steatosis in both
hiPSC derived hepatocytes and HepG2. Human iPSC derived
hepatocytes appear less sensitive to PMP since one of the
three compounds (tetracycline hydrochloride) did not generate any significant changes. However, it is uncertain whether
a cytotoxic effect is expected with tetracycline hydrochloride
for the concentrations measured. Notably, HepG2 cells that

previously have been documented for detecting phospholipidosis were less sensitive than hiPSC derived hepatocytes and
failed to detect phospholipid accumulation by amiodarone.
3.6. Categorizing Compounds Based on Their Degree of Injury.
The degree of injury was estimated at isomolar concentration
of 125 𝜇M for amiodarone and 100 𝜇M for doxycycline, tetracycline, and sodium citrate. The scores were assigned for each
parameter according to the level of variation in comparison
to the control value. The compounds were categorized based
on the total scores according to Tolosa et al. [18] and as
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Table 4: Categorizing compounds based on their degree of injury
at isomolar concentration of 100 𝜇M for each parameter measured.
Degree of injury
Severe hepatotoxicity
Moderate
hepatotoxicity
Mild hepatotoxicity
Nontoxic

hiPSC derived
hepatocytes

HepG2

Amiodarone HCl∗

Amiodarone HCl∗

Doxycycline
Tetracycline HCl

Doxycycline,
tetracycline HCl,
sodium citrate

Sodium citrate

Refer supplementary-I Table 1 for the scoring sheet on degree of injury
calculation (see Supplementary Material available online at http://dx.doi.org/
10.1155/2016/2475631). ∗ Degree of injury measured at 125 𝜇M for amiodarone.

described in methods (Table 4). Amiodarone and tetracycline
were categorized as severely and mildly toxic, respectively, in
both cell types. Doxycycline which was moderately toxic in
hiPSC derived hepatocytes was categorized as mildly toxic
in HepG2. Sodium citrate, a nontoxicant, was mildly toxic in
HepG2 and nontoxic in hiPSC derived hepatocytes.
3.7. Assay Imprecision. The variance measurement between
well-to-well, plate-to-plate, and batch-to-batch variation for
each parameter in hiPSC derived hepatocytes and HepG2
is shown in Table 5. Overall, well-to-well variations within
a plate had the most precise measurements for both hiPSC
derived hepatocytes and HepG2. The variation of cell count
between plates and batches, respectively, was high compared
to other parameters measured. The higher variances for cell
count in live assays could be due to the conditions maintained
during imaging.
When comparing the cell sources for preciseness, hiPSC
derived hepatocytes were clearly more consistent for live cell
analysis. Key parameters like MMP, ROS, PMP, neutral lipid
area, nuclear area, and nuclear mean intensity between plates
and batches are more precise in hiPSC derived hepatocytes
than HepG2 cells. The average variations (CV% ± SD) for
the selected parameters were 5.3 ± 3 for hiPSC derived
hepatocytes compared to 13.6 ± 7.3 for HepG2. However,
intensity values for neutral lipids and phospholipids in fixed
assay displayed lower variance in HepG2 cells.

4. Discussion
In the present study, we show that hiPSC derived hepatocytes
might be highly sensitive and specific as an in vitro model
for detecting drug induced steatosis and phospholipidosis, as
here monitored by HCA for three different compounds. Three
test drugs known to induce steatosis and/or phospholipidosis
were applied to the hiPSC derived hepatocytes based model
system and to a well-established model system, HepG2 cells,
for benchmarking. The aim was to investigate the potential
of hiPSC derived hepatocytes to serve as a platform for
mechanism-based toxicity testing by HCA and its ability to
correlate to known clinical toxicity patterns in humans. Since

the selected drugs are known to affect cell-health at varying
concentrations and through multiple mechanisms, the assay
was multiplexed with different fluorescent probes to detect
several endpoints.
DILI or drug induced hepatotoxicity is known to have
an intrinsic and idiosyncratic mechanism of which the most
common effects are mitochondrial impairment, oxidative
stress, steatosis, cholestasis, phospholipidosis, and immune
mediated and apoptotic or necrotic cell death [1, 17]. Most
studies on drug induced steatosis are from clinical studies
in humans and as a consequence costly failures of candidate
drugs due to toxicity are discovered late in the drug discovery
process [8, 19]. There is therefore an urgent need for more
relevant and predictive cell based model systems to screen
for compounds inducing steatosis and phospholipidosis at an
early stage in the drug discovery process.
Phospholipidosis, characterized by excessive intracellular
accumulation of phospholipids in lysosomes and subsequent
formation of laminar bodies, is multifactorial through several
mechanisms [20]. While the biochemical conditions have
been well characterized, it is unclear whether drug induced
phospholipidosis per se is detrimental to humans. However,
many researchers consider it as an indicator for the accumulation of drugs and their metabolites accumulating within the
cell, which can have severe implications during chronic exposure [21]. Drug induced liver steatosis has been reported to be
caused by multiple mechanism, for example, direct inhibition
of 𝛽-oxidation, impairment of mitochondrial respiratory
chain (MRC) giving rise to enhanced ROS formation, mitochondrial dysfunction, and increased triglyceride (TG) synthesis [19, 21]. These different mechanisms are highly related
and consequently an early alteration in homeostasis of one
or more mechanisms leads to subsequent detrimental effects
in the hepatocytes which account for the histopathological
findings in drug induced steatosis and phospholipidosis
[18, 22, 23]. Compounds are known to undergo repeated
oxidation or reduction cycles which produce free radicals
exceeding antioxidative threshold, thereby imposing oxidative stress [24]. A subsequent increase in ROS can damage
proteins, lipids, or DNA which would in turn cause altered
Ca2+ homeostasis, lipid peroxidation, or mitochondrial dysfunction [19, 25]. Altered Ca2+ can disrupt membrane permeability, influence mitochondrial respiratory chain [26],
and also activate proteases and endonucleases leading to
necrosis or apoptosis [27]. Alternatively, compounds which
directly cause an imbalance in MMP would induce ROS
formation causing subsequent cell death [27]. This current
study demonstrates that hiPSC derived hepatocytes exposed
to well-known drugs reflect the sequential mechanistic effects
reported in the literature (Table 1 and Figure 3).
Cell viability in response to 48 h amiodarone treatment
has previously been reported for hiPSC derived hepatocytes
(hiPS-HEP) and HepG2 in Holmgren et al. 2014 [16] with
slightly different outcome compared to what was shown in
the current data set. The two cell types showed similar dose
response curves for viability measured by the proliferation
and viability assay EZ4U in Holmgren et al. study [16], while
HCA measurement of viability by cell count revealed that
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Table 5: Comparison of assay imprecision for each parameter measured in hiPSC derived hepatocytes (hiPS-HEP) and HepG2.
Assay parameter
CC (fixed)
CC (live)
NC
MI
Area
ST
MI
Area
PH
MI
Area
MMP
MI
ROS
MI
PMP
MI

Variation between wells in a plate
hiPS-HEP
HepG2
CV% ± SD
CV% ± SD

Variation between plates in a batch
hiPS-HEP
HepG2
CV%
CV%

Variation between batches
hiPS-HEP
HepG2
CV%
CV%

6.8 ± 4.8
15.3 ± 12.3

8.9 ± 2.6
18.9 ± 17.3

13.0
25.8

4.1
25.5

26.7
35.3

22.6
35.0

2.4 ± 1.3
2.3 ± 1.1

1.0 ± 0.6
2.2 ± 0.9

6.0
6.4

22.3
6.7

4.1
5.5

12.9
6.9

6.3 ± 2.7
3.9 ± 3.1

5.0 ± 4.6
3.5 ± 4.5

9.9
1.1

5.7
10.7

21.4
6.6

8.6
9.5

3.2 ± 1.5
2.4 ± 1.0

1.8 ± 1.4
10.2 ± 10.5

7.9
18.1

4.5
37.0

8.1
13.3

4.0
2.8

4.7 ± 6.2

3.4 ± 2.7

12.3

22.1

6.8

22.4

0.9 ± 0.84

4.1 ± 2.8

4.0

7.3

5.8

5.2

4.8 ± 3.02

2.6 ± 2.0

3.9

14.7

0.6

23.0

Imprecisions of cell-to-cell within a well, well-to-well within a plate, plate-to-plate within a batch, and batch-to-batch are compared for all parameters measured.
For calculating well-to-well variance, a mean, SD, and CV% were calculated for every control well (𝑁 = 3) and an average CV% of all the eight plates was
reported for well-to-well variation. The well-to-well mean values for each parameter within a batch (𝑁 = 2) were then averaged and its CV% was calculated.
The average CV% from the four batches was used to show plate-to-plate variation. For batch-to-batch variance, the mean values from each plate were averaged
and its CV% was reported (𝑁 = 4).

HepG2 cells were more sensitive to amiodarone than the
hiPSC derived hepatocytes (Tables 2 and 3). Data suggests
that cell count by HCA is a more sensitive method to measure
viability.
In the present study, several insights were gained by
estimating the IC50 /EC50 values for each parameter measured
(Table 2) (excluding values higher than cell counts IC50 value,
i.e., effects seen after 50% loss of cells). Notably, HepG2
cells depict a poorer predictivity for the different mechanistic parameters at subcytotoxic concentrations compared to
hiPSC derived hepatocytes. Most of the parameters measured
for amiodarone and doxycycline had IC50 /EC50 values higher
than IC50 value for cell count in HepG2 cells.
Since IC50 /EC50 for a few parameters had ambiguous values due to the wide dose range tested, MEC, a system created
for estimating the toxicity potential to screen compounds,
was calculated for the two cell sources [18]. The toxicity risk
of a compound, calculated as the ratio of MEC to Cmax ,
gives an indication of the significance of the cytotoxic signals.
These ratios provide an estimate of minimal safety margin
[7]. Notably, both hiPSC derived hepatocytes and HepG2 had
100% sensitivity with a cutoff TR of 30.
The sensitivity in predicting various mechanisms was
quite similar for hiPSC derived hepatocytes and HepG2
cells. The drug induced effects observed were comparable to
those previously reported in HepG2 and primary hepatocytes
(freshly isolated and cryopreserved) [9, 19]. For compounds

inducing steatosis and phospholipidosis, accumulation of
neutral lipids and phospholipids were observed at subcytotoxic concentrations. The simultaneous incorporation of
multiple probes to the assay resulted in different mechanistic
read-outs and gave a good predictivity of human toxicity.
Human iPSC derived hepatocytes failed to predict the
effect on PMP when treated with tetracycline hydrochloride.
However, whether this compound has an effect on PMP
in intact liver is unclear. Significant changes on tetracycline induced MMP were not detected in any of the two
model systems tested. Amiodarone, a cationic amphiphilic
compound, infers with both mitochondrial and lysosomal
function, causing steatosis and phospholipidosis [28]. HepG2
had a false negative prediction of amiodarone induced
phospholipidosis. In hiPSC derived hepatocytes there was
an induction of phospholipids at lower concentrations but
not at higher concentrations followed by steatogenic lipid
accumulation in droplets of the cells (Figures 3 and 4).
To understand the significance/relevance of HCA results,
a scoring system was applied to estimate the degree of injury
induced by a compound at a fixed concentration. Based on the
degree of injury, the compounds were categorized as severe,
moderate, mild, or nontoxic. The compounds identified with
DILI potential and the order by which the compounds were
categorized were in accordance with previously published
data on primary human hepatocytes and HepG2 cells [7,
9, 19]. By ranking these compounds individually based on
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their severity, we found that the results for hiPSC derived
hepatocytes were in line with FDA-approved drug labeling
for the study of DILI [29]. In HepG2 cultures, the negative
control sodium citrate generated a false positive score for
phospholipidosis at 100 𝜇M and was thereby falsely categorized as mildly toxic. Based on the MEC and degree of injury
scoring detected in this study, hiPSC derived hepatocytes are
superior to HepG2 as a model for predicting phospholipidosis. Although an interesting and promising result, the present
evaluation is based on only four compounds/chemicals, while
a larger set of compounds with a wide range of toxicity
potential has to be screened in order to validate the sensitivity
and specificity of hiPSC derived hepatocytes as a predictive
model system.
Presently, primary human hepatocytes (PHH) are the
gold standard for liver toxicity testing and in sandwich
cultures PHH can be maintained for long term up to 14 days.
Chlorpromazine exposure for short and long term induces
different types of hepatotoxicity in PHH sandwich cultures
including steatosis revealed by transcriptomic analysis [30].
However, the interindividual variability, complications in
culturing, and rapidly decreasing functionality associated
with these cells have led to a wide use of immortalized
cell lines [31]. HepG2 cells which are derived from a
human adenocarcinoma of the liver are being preferred
over HeLa, ECC-1, and CHO-K1 cell lines for hepatotoxicity
studies [32, 33]. However, their biotransformation capacity
via cytochrome P450 enzymes is less than 1% of normal
hepatocytes [33, 34]. For many compounds, the reactive
metabolite is more toxic than the parent compound [18]. To
screen such compounds, improved in vitro model systems
need to be developed. HepaRG cells, a highly differentiated hepatic cell line derived from human liver carcinoma,
have been reported to have high cytochrome P450 activity,
functional drug transporters, and nuclear receptors making
them a promising model for bioactivation and uptake studies
[35, 36]. In addition, HepaRG has been shown to be a wellsuited model for studying mechanistic hepatotoxicity such
as steatosis, phospholipidosis, and cholestasis [37]. Moreover,
amiodarone and tetracycline induce lipid droplets in HepaRG
cells as well as phospholipidosis by amiodarone [37, 38].
However, the sensitivity and predictivity of these cells in
detecting hepatotoxic drugs have been shown to be much
lower than cryopreserved hepatocytes [39]. Importantly,
these progenitor cells originate from one individual having
a specific genotype. This limitation needs also to be taken
into account for assessing metabolic and toxicity studies
[40]. Hepatocytes derived from hESCs and hiPSCs may
bridge today’s gaps in safety pharmacology and toxicology by
providing more stable metabolically competent cells with a
functionality comparable to freshly isolated hepatocytes [11].
The two essential bottlenecks of limited supply and batchto-batch variability can be efficiently surpassed with hiPSC
derived material. In addition, hiPSC derived hepatocytes will
offer a unique possibility to design/choose a desired genetic
background and phenotype of the model cells. For hiPSC
derived hepatocytes to replace the existing model systems,
a large compound set has to be screened and the cells must
recapitulate previously established results. The possibility to
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correlate observed effects and pathways with an in vivo effect
would be the most desirable form of validation. Interestingly,
in our assay using hiPS derived hepatocytes, the order in
which the different mechanistic effects were observed for
amiodarone was similar to the clinical findings in humans
reported in a case study [41].
It has been reported that conventional assays which
measure late lethal events (e.g., cell membrane rupture and
LDH release) have poor concordance with human toxicity. A
greater predictive power could be achieved when an assay can
detect effects at subcytotoxic concentrations prior to the onset
of general degeneration and cell death [7]. Mitochondrial
potential and cellular redox states are the most important
mechanisms of drug induced hepatotoxicity [9] and these
two parameters had the highest sensitivity in hiPSC derived
hepatocytes based on IC50 /EC50 values (Table 2). The current
assay using hiPSC derived hepatocytes displayed very low
variance between wells, plates, and batches. The imprecision
values measured for all the parameters were quite comparable
between HepG2 and hiPSC derived hepatocytes and were
of the same range with previous work in HepG2 cells [7].
Overall, hiPSC derived hepatocytes are as robust for live cell
analysis as the well-established and very user-friendly cell line
HepG2 cells (Table 5). The robustness of the hiPSC derived
hepatocyte model in combination with the reported stability
of important functionalities [15] also allows for long term
chronic toxicity testing [16].

5. Conclusions
The present study shows that homogenous cultures of hiPSC
derived hepatocytes can be used as a platform to assess
mechanistic toxicity and reveal drug induced steatosis and
phospholipidosis by image based HCA. Importantly, the
hiPSC derived hepatocytes generated reproducible and consistent HCA data with low imprecision between wells, plates,
and batches; thus hiPSC derived hepatocytes can serve as
a robust platform for image based HCA. In addition, the
hiPSC derived hepatocytes could categorize test compounds
as severe, moderate, mild, or nontoxic based on the degree
of injury at isomolar concentration in concordance with
previously published data. Moreover, the hiPSC technology
opens up further possibilities to generate infinite numbers of
hepatocytes from, for example, DILI patients and individuals
representing different phenotypic and genotypic variations.
In addition, the development of more sensitive and complex
in vitro toxicity models for drug screening, based on hiPSC
derived hepatocytes in combination with coculturing systems
with nonparenchymal liver cells or T cells, is anticipated. The
present study clearly reveals the potential of the use of hiPSC
derived hepatocytes in assessing hepatotoxicity in vitro by the
use of HCA.
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Efficient ex vivo expansion of hematopoietic stem cells with a concomitant preservation of stemness and self-renewal potential is
still an unresolved ambition. Increased numbers of methods approaching this issue using three-dimensional (3D) cultures were
reported. Here, we describe a simplified 3D hanging drop model for the coculture of cord blood-derived CD34+ hematopoietic
stem and progenitor cells (HSPCs) with bone marrow-derived mesenchymal stromal cells (MSCs). When seeded as a mixed cell
suspension, MSCs segregated into tight spheroids. Despite the high expression of niche-specific extracellular matrix components
by spheroid-forming MSCs, HSPCs did not migrate into the spheroids in the initial phase of coculture, indicating strong
homotypic interactions of MSCs. After one week, however, HSPC attachment increased considerably, leading to spheroid collapse
as demonstrated by electron microscopy and immunofluorescence staining. In terms of HSPC proliferation, the conventional 2D
coculture system was superior to the hanging drop model. Furthermore, expansion of primitive hematopoietic progenitors was
more favored in 2D than in 3D, as analyzed in colony-forming assays. Conclusively, our data demonstrate that MSCs, when arranged
with a spread (monolayer) shape, exhibit better HSPC supportive qualities than spheroid-forming MSCs. Therefore, 3D systems
are not necessarily superior to traditional 2D culture in this regard.

1. Introduction
Hematopoietic stem cell (HSC) transplantation is a common
treatment procedure for patients suffering from hematopoietic disorders or blood cell cancer [1]. Hematopoietic stem
and progenitor cells (HSPCs) derived from umbilical cord
blood (UCB) proved to be an effective source for transplantation, combined with the benefit of a minimally invasive
recovery method and the possibility of UCB cryopreservation
[2–4]. But the small number of available donor cells is often
the limiting factor for treatment outcome. Hence, for an
efficient ex vivo expansion of HSPCs an effective culture
method is required which ensures the maintenance of their
stemness including the high self-renewal potential.

Hematopoiesis takes place in multiple anatomical regions
during embryogenesis. Primitive blood formation starts in
the yolk sac and moves to the aorta-gonad-mesonephros
region, and definitive hematopoiesis first occurs in the fetal
liver [5–7]. During the last trimester of pregnancy, HSPCs
migrate from the fetal liver to the circulating blood as
hematopoiesis shifts to the bone marrow postnatally. This
phenomenon enables the isolation of increased numbers of
CD34+ HSPCs from UCB.
Endosteal and vascular niches are unique microenvironments in the adult bone marrow that ensure lifelong
maintenance and regulation of HSCs through a specialized combination of cellular and molecular components
[8, 9]. Bone-forming osteoblasts, bone-resorbing osteoclasts,
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pericytes surrounding endothelial cells, and mesenchymal
stromal cells (MSCs) create a particular extracellular matrix
(ECM) and express a variety of cytokines, chemokines, and
adhesion receptors regulating HSC quiescence, self-renewal,
and differentiation [10–14]. Early long-term culture experiments showed that marrow stromal cells are able to maintain
HSC self-renewal and proliferation in vitro [15, 16]. More
recent studies identified MSCs as key players in the niche in
view of the growing number of MSC subpopulations detected
in the bone marrow based on their individual expression
pattern of CD146, CD140a, CD51, leptin receptor, or nestin
[11, 13, 17, 18]. These subpopulations show high potential for
HSC maintenance, an ability that designates MSCs as the
most frequently used cell type for supporting HSC expansion
ex vivo.
There are increasing efforts to switch from two-dimensional (2D) to three-dimensional (3D) systems because 3D
culture conditions are thought to reflect the in vivo situation more accurately, compared with the culture of cells
as monolayers. A large diversity of approaches has been
reported which have attempted to mimic the inherent HSC
environment in a 3D manner via cell encapsulation with
hydrogels of natural or artificial origin or self-assembling
peptides and polyacrylates [19–22]. Culture devices with low
adhesion potential and microwell arrays were tested as 3D
models, but some of these should be considered as “quasi-3D
models” only [23–25]. Biocompatible macroporous scaffolds
which resemble the physiological architecture of trabecular
bone seem to more closely represent the natural stem cell
habitats [26–28]. However, many of these culture methods
are afflicted with disadvantages due to the requirement for
complex surface modifications, the use of components of
animal origin, or technically demanding and time consuming
production processes, making their establishment in routine
stem cell laboratories nearly impossible.
In the present study, we sought to evolve an easy-to-use
3D model for the expansion of cord blood-derived HSPCs
in coculture with bone marrow-derived MSCs, two cell
types which are easily available to most clinical laboratories.
Here, we describe a procedure of hanging drop cultures that
leads to compact spheroid formation. Cell-cell interactions
in the spheroids were visualized by electron microscopy,
and synthesis of niche-specific ECM substrates was analyzed
using immunofluorescence staining. HSPC proliferation in
hanging drops was compared to the coculture in 2D plastic
dishes. Finally, colony-forming assays were performed in
order to investigate the differentiation potential of HSPCs
expanded in the 3D model.

2. Materials and Methods
2.1. Human Primary Cells and Cell Culture. Umbilical cord
blood and bone marrow aspirates were obtained from
healthy donors with written informed consent from the
Department of Gynecology and Obstetrics or from the
BG Trauma Clinic, University of Tübingen, respectively, in
accordance with the guidelines of the local ethics committee (reference numbers 005/2012BO2 and 453/2011/BO).
Mononuclear cells (MNCs) from cord blood were isolated
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by Histopaque (1.077 g/mL) density-gradient centrifugation
(Sigma-Aldrich, Taufkirchen, Germany) and washed with
Dulbecco’s phosphate-buffered saline (DPBS; Invitrogen,
Life Technologies, Darmstadt, Germany) supplemented with
2 mM EDTA (Biochrom, Berlin, Germany). The MNC population was labeled with anti-CD34-conjugated microbeads
according to the instructions of the manufacturer (Miltenyi Biotec, Bergisch Gladbach, Germany). CD34+ HSPCs
were enriched by magnetic cell separation using MACS
columns (Miltenyi Biotec) and used immediately for coculture experiments. MNCs from bone marrow aspirates,
enriched by Histopaque (1.077 g/mL) density-gradient centrifugation, were seeded in T75 cell culture flasks in MSC
expansion medium compliant with the current good medical
procedure regulations (GMP). The GMP medium consisted
of DMEM low glucose (Lonza, Basel, Switzerland) supplemented with 5% fresh frozen plasma (TCS Bioscience,
Buckingham, United Kingdom), 5% human thrombocyte
lysate (Blood Cell Donation Center, University of Tübingen),
2 mM L-glutamine (Lonza), 1000 IE heparin sodium salt
(Roth, Karlsruhe, Germany), and 25 mM HEPES sodium salt
solution (Sigma-Aldrich). Nonattached cells were removed
after 24 hours. Adherent cells were routinely characterized
according to the minimum criteria for multipotent MSCs
recommended by a consensus conference of the International
Society for Cellular Therapy [29]. In the present study, MSCs
of passage 2 to passage 4 were used.
2.2. 3D Hanging Drop Cultures. After detachment from culture flasks, 5 × 103 MSCs were seeded in 40 𝜇L medium per
well of a Perfecta3D 96-well hanging drop plate (3D Biomatrix, Biotrend, Cologne, Germany). The developed spheroids
were harvested and analyzed at different time points.
Coculture experiments were performed with a mixture
of 5 × 103 MSCs and 5 × 102 CD34+ HSPCs per well in
40 𝜇L medium consisting of GMP and serum-free expansion
medium (SFEM; Stem Cell Technologies, Grenoble, France)
at a 1 : 4 ratio supplemented with the recombinant human
cytokines Flt-3 ligand, stem cell factor (100 ng/mL each),
interleukin-3, and interleukin-6 (20 ng/mL each) (CC100;
Stem Cell Technologies), from here on referred to as “GMPSFEM-CC100 medium.” Cells were kept in a fully humidified
atmosphere with 5% CO2 at 37∘ C. A partial medium exchange
was performed every 2 to 3 days.
2.3. Inhibition of Spheroid Formation. In a hanging drop
plate, 5 × 103 MSCs suspended in 40 𝜇L GMP medium
were seeded per well. Cells were treated overnight with the
function-blocking monoclonal antibody against the extracellular domain of N-cadherin (clone 8C11; BioLegend, London,
United Kingdom) or with the monoclonal anti-cadherin11 antibody (clone 283416; R&D Systems, Wiesbaden, Germany). Spheroid formation was examined under a light
microscope and representative pictures were taken.
2.4. Spheroid Harvesting and Cryosectioning. Cryosections of
spheroids were used for immunostaining. MSCs alone or in
coculture with CD34+ HSPCs were incubated in hanging
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drop plates for up to two weeks. Pictures of MSC spheroids
were taken at regular intervals and spheroid diameters were
determined using the AxioVision Rel. 4.8 software from
Zeiss (Göttingen, Germany). On different days of co- or
monoculture, spheroids were washed with PBS supplemented
with Ca2+ and Mg2+ (PBS++ ) in hanging drop plates and
fixed with 4% paraformaldehyde (PFA; Electron Microscopy
Sciences, Hatfield, USA) for 30 min at room temperature in
the dark and stained with Trypan blue (0.5% solution; PAA
Laboratories, Cölbe, Germany) for 3 to 5 min, embedded
in Tissue-Tek O.C.T. compound (Sakura Finetek Europe,
Staufen, Germany), and frozen at –20∘ C. Cryosections of 5
or 8 𝜇m thickness were air dried for 1 h and stored at –20∘ C.
2.5. Immunofluorescence Staining. Spheroid cryosections
were thawed and fixed with 4% PFA for 15 min at room
temperature. Samples were incubated for 1 h with primary
antibodies diluted in PBS++ containing 0.1% bovine serum
albumin (BSA; Sigma-Aldrich). In this study, we used the
mouse anti-N-cadherin antibody (clone 8C11), the mouse
anti-cadherin-11 antibody (clone 283416), and the mouse
anti-CD45 (clone HI30; BioLegend) and mouse anti-CD90
(clone 5E10; BioLegend) antibodies. Different laminin
chains were detected with the polyclonal rabbit anti-alpha2
chain antiserum (Bioss, Freiburg, Germany) and the mouse
anti-alpha4 (clone 3H2) and anti-alpha5 chain (clone 4B12)
antibodies (both kindly provided by Dr. Sulev Ingerpuu,
IMCB, University of Tartu, Estonia). ECM components were
stained with the rabbit anti-collagen type IV (kind gift of
Dr. Johannes Eble, University of Münster, Germany) and
rabbit anti-collagen type VI [30] antibodies. The mouse antifibronectin (clone P1H11) and the mouse anti-tenascin-C
(clone T2H5) antibodies were obtained from R&D Systems
and Abcam (Cambridge, United Kingdom), respectively.
For apoptosis analysis, sections were permeabilized using
0.1% Triton X-100 (AppliChem; Schubert & Weiss, Munich,
Germany), incubated for 1 h in blocking buffer (5% normal
goat serum, 0.3% Triton X-100 in PBS), and stained overnight
with the rabbit antibody against cleaved caspase-3 (clone
5A1E) or the antibody detecting cleaved PARP (clone
D64E10; both from Cell Signaling Technology; New England
Biolabs, Frankfurt, Germany) at +4∘ C. After washing
with PBS++ , bound primary antibodies were detected by
Cy3-conjugated goat anti-mouse, Cy3-conjugated goat
anti-rabbit, and Alexa Fluor 488-conjugated goat anti-rabbit
antibodies (Jackson ImmunoResearch; Dianova, Hamburg,
Germany). Cell nuclei were identified by counterstaining
with 4 ,6-diamino-2-phenylindole-dihydrochloride (DAPI,
1 𝜇g/mL; Roche, Mannheim, Germany). Primary antibodies
were omitted for control staining. Photographs were taken
using the Axiophot microscope (Zeiss).
2.6. Scanning Electron Microscopy (SEM). CD34+ HSPCs
were incubated with MSCs in hanging drop plates at a ratio
of 0.5 : 5 × 103 for up to 7 days. At different time points, coculture samples were prepared for SEM analysis. Cells in hanging drops were washed with PBS++ , fixed with Karnovsky’s
fixative (2% paraformaldehyde (Electron Microscopy Sciences), 2.5% glutaraldehyde (Serva, Heidelberg, Germany))
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for 30 min at room temperature in the dark, washed with
PBS++ , and stored in 70% ethanol at +4∘ C until all samples
were collected. Dehydration was performed with an increasing graded ethanol series. The samples were dried at room
temperature, immobilized to coverslips via a one-component
cyanoacrylate adhesive (Wevo-Cyamet 75; Wevo-Chemie,
Ostfildern, Germany), and mounted onto aluminum holders
using conductive tabs (G3347, Plano, Wetzlar, Germany) and
then sputter coated with a 20 nm gold layer. Analysis was performed using a scanning electron microscope (XL30, Philips,
Amsterdam, Netherlands). SEM images were recorded with
an acceleration voltage of 10 kV.
2.7. MSC Proliferation Analysis. 5 × 103 MSCs suspended in
40 𝜇L GMP-SFEM-CC100 medium were seeded in parallel
in a hanging drop plate and in a conventional 96-well flatbottom plate and cultivated in a humidified environment with
5% CO2 at 37∘ C. Partial medium changes were performed as
required. On day 3 and day 7, spheroids were harvested by
pipetting into a 96-well plate. Medium was removed from
the 2D and 3D cultures and plates were directly transferred
to –80∘ C. The MSC proliferation rate was determined by
analysis of DNA content (performed in triplicate) using the
CyQUANT kit from Invitrogen following the manufacturer’s
instructions. A calibration curve was generated by seeding
different MSC numbers in a 96-well plate.
2.8. HSPC Expansion Analysis. 5 × 102 CD34+ HSPCs
were seeded in 40 𝜇L GMP-SFEM-CC100 medium per well
either alone (monoculture) or together with 5 × 103 MSCs
(coculture) in a flat-bottom or a hanging drop 96-well plate
(2D or 3D, resp.). On days 4, 7, 10, and 14, the HSPC
proliferation rate was determined by manually counting the
number of cells under a light microscope (performed in
triplicate). Cell aggregations in the 3D culture were separated
by pipette mixing, and cells in the 2D culture were detached
by incubation with Accutase solution (Sigma-Aldrich) for 3 to
5 min. HSPCs were clearly distinguishable from MSCs based
on cell size, shape, and granularity.
2.9. Colony-Forming Assay. In order to analyze the influence of 2D and 3D culture conditions on the differentiation potential of hematopoietic progenitors, colony-forming
assays were performed with HSPCs expanded in triplicate in
coculture with MSCs for one week. 103 HSPCs per replicate
were diluted in 100 𝜇L Iscove’s modified Dulbecco’s medium
plus 2% fetal bovine serum (Stem Cell Technologies) and
added to 1 mL methylcellulose medium containing recombinant human stem cell factor, granulocyte-macrophage
colony-stimulating factor, interleukin-3, and erythropoietin
(MethoCult H4434, Stem Cell Technologies). Cells plated
in 35 mm petri dishes were cultured in a fully humidified
environment with 5% CO2 at 37∘ C for 14 days. Cell aggregates
containing more than 50 cells were identified as single
colonies using an inverted microscope (Axiovert 135; Zeiss).
Burst-forming unit erythrocyte (BFU-E) and colony-forming
unit-granulocyte/macrophage (CFU-GM) colonies as well as
colonies arising from multipotent granulocyte, erythrocyte,
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macrophage, and megakaryocyte progenitors (CFU-GEMM)
were counted independently by two investigators on the basis
of morphological criteria. The differentiation potential of cells

expanded in 2D or 3D was compared to freshly isolated,
nonexpanded CD34+ HSPCs. The CFU fold increase for the
different progenitors was calculated as follows:

CFU number of expanded HSPCs × proliferation factor in 2D or 3D after one week
= CFU fold increase.
CFU number of nonexpanded HSPCs

2.10. Immunoblotting. Total protein extracts were obtained
by incubating confluent MSC cultures with extraction buffer
containing 1% NP-40, 150 mM NaCl, 40 mM Tris, 2 mM
EDTA, 0.5% sodium deoxycholate, 0.1% SDS (pH 8), and
a proteinase inhibitor cocktail (Roche). Cell lysates were
diluted in a DTT-containing sample buffer and run on
6% SDS polyacrylamide gels. PVDF membranes (Merck
Millipore, Schwalbach, Germany) were used for blotting.
Unspecific binding sites were blocked with Tris-buffered
saline containing 0.1% Tween-20 and 5% skimmed milk powder (Roth). Blot membranes were incubated with the mouse
antibodies against N-cadherin and cadherin-11 overnight at
+4∘ C. Bound primary antibodies were detected with HRPconjugated or AP-conjugated anti-mouse antibodies (Dako,
Hamburg, Germany) and the chemiluminescence reagent
Immobilon Western (Merck Millipore) or the BCIP/NBT
substrate (Sigma), respectively.
2.11. Statistical Analysis. Values are expressed as mean ± standard deviation (SD). Statistical significance was determined
by two-tailed parametric 𝑡-tests or one-way ANOVA using
GraphPad Prism 5 software (Version 5.01). Differences were
considered to be significant for ∗ 𝑝 < 0.05, ∗∗ 𝑝 < 0.01, and
∗∗∗ 𝑝
< 0.001 with increasing degrees of significance.

3. Results
3.1. Hanging Drop Culture of MSCs Leads to Spheroid Formation and Proliferation Arrest. Prior to the 3D coculture, the
behavior of MSCs in the hanging drop model was examined.
5 × 103 cells were seeded in 40 𝜇L medium per well of a 96well hanging drop plate. Within one day, the MSCs readily
aggregated into a single compact spheroid of approximately
380–400 𝜇m in diameter. Hematoxylin/eosin staining of
cryosections revealed a spongy core of the spheroid with
bulky intercellular spaces surrounded by a tight ring of
MSCs (Figure 1(a)). The cell adhesion molecules N-cadherin
and cadherin-11, earlier shown to mediate the interaction of
human HPCs and MSCs [31], were both expressed by bone
marrow-derived MSCs as confirmed by Western blotting
(Figure 1(b)). Immunofluorescence staining of cryosections
showed an even distribution of cadherin-11 throughout the
spheroid, whereas the N-cadherin signal was more prominent in the periphery and rather faint in the spongy core
(Figure 1(b)). Nevertheless, MSC spheroid formation was
impaired to a higher extent by a function-blocking anti-Ncadherin antibody than after addition of an anti-cadherin11 antibody, leading to the formation of additional small

(1)

aggregates (Figure 1(c)). This inhibitory effect, however, was
short-lived because no differences were detectable on day 2
compared to the untreated spheroids. These findings show
that MSCs devoid of any substrate give rise to compact
aggregates with tight homotypic interactions. N-cadherin
and cadherin-11 are at least partly responsible for the observed
cell-cell contact formation, but it is likely that additional cell
adhesion molecules are also involved.
After spheroid formation was completed, the diameter
of the cell aggregate decreased gradually during the following two weeks of culture to almost half of the original size (Figure 1(d)), indicating that, in contrast to their
high expansion rate under 2D culture conditions, MSCs
do not proliferate in this 3D model. Indeed, quantification
of DNA content after 3 and 7 days revealed considerably
lower cell numbers per spheroid compared with the MSC
numbers in the starting culture (Figure 1(e)). This assay was
performed in GMP-SFEM-CC100 medium at a 1 : 4 ratio
because this mixture was identified as the optimum for
HSPC expansion in the coculture studies (Supplementary
Figure S3 (see Supplementary Material available online at
http://dx.doi.org/10.1155/2016/4148093)). The MSC growth
cessation in spheroids was only partly due to the medium
composition and was mainly a consequence of the 3D culture
conditions because spheroids incubated in the MSC expansion medium GMP exhibited the same growth behaviour
(Supplementary Figure S1). The proliferation arrest in
spheroids was accompanied by an onset of apoptotic events.
The nuclear protein PARP1 can be processed by proteolytic
activation of caspase-3, a key step during apoptosis induction.
Caspase-3 and cleaved PARP1-positive cells could be detected
in the central region of 3-day-old spheroids (Figure 1(f)). The
number of apoptotic cells was clearly increased after one
week. In summary, MSC spheroids were characterized by a
continually shrinking diameter due to aggregate compaction
(comparing days 3 and 6 in Figure 1(f)), lack of proliferation,
and the onset of apoptosis.
3.2. Cord Blood HSPCs Disrupt MSC Spheroids in the Hanging
Drop Coculture. CD34+ HSPCs isolated from umbilical cord
blood were seeded together with bone marrow-derived MSCs
at a ratio of 5 × 102 : 5 × 103 per well in a 96-well hanging
drop plate and cultured in GMP-SFEM-CC100 for 2 weeks
(Figure 2(a)). As described for MSCs alone, the MSCs in the
coculture similarly aggregated into compact spheroids which
were surrounded by rapidly expanding HSPCs (Figure 2(b)).
Scanning electron microscopy (SEM) revealed that, at the
beginning (day 3), MSC spheroids exhibited a smooth surface
with only a few HSPCs attached to it (Figure 2(c)). With
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Figure 1: MSCs cultured in hanging drop plates form stable spheroids and do not proliferate. 5 × 103 mesenchymal stromal cells seeded
in a hanging drop plate aggregate into a spheroid. (a) Hematoxylin/eosin staining of a spheroid cryosection shows a typical morphology
with vast intercellular spaces in the central region and a tight peripheral MSC ring after 3 days of culture. (b) Human bone marrow MSCs
express the cell adhesion molecules N-cadherin and cadherin-11 as shown by immunoblotting of lysates from confluent cell layers of two
different donors. Using immunofluorescence staining, both cadherins were clearly detectable in MSC spheroids. (c) Aggregation of MSCs
into spheroids was investigated in the presence of antibodies against N-cadherin and cadherin-11. On day 1, additional smaller aggregates were
detectable as compared to the untreated cells, while all spheroids showed a similar morphology on the second culture day. (d) Determination
of the diameter of the formed MSC spheroids with the AxioVision software revealed a continual decrease over two weeks. Spheroid sizes of
four different donors were analyzed. Data are means ± SD. (e) Cell numbers of MSCs cultured in GMP-SFEM-CC100 medium as hanging
drops (3D) or in conventional 2D plates were quantified in triplicate and are shown as means ± SD. The data are representative of three
donors with comparable results. (f) Apoptotic cells in 3- and 6-day-old spheroids were detected by staining with specific anti-caspase-3 and
anti-PARP antibodies. Cell nuclei were counterstained with DAPI. The immunofluorescence and light microscopy pictures are representative
for MSC spheroids of at least three different donors. Scale bars: 100 𝜇m (a, b, and f) and 250 𝜇m (c).
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Figure 2: Attachment of CD34+ HSPCs to newly formed spheroids increases with time. (a) For coculture experiments, 5 × 102 CD34+ HSPCs
were seeded together with 5 × 103 bone marrow MSCs per hanging drop and incubated for up to two weeks in GMP-SFEM-CC100 medium.
(b) Light microscopy images depict the aggregation of MSCs into spheroids in the coculture as soon as one day after culture. Surrounding
HSPCs expanded greatly over time. After 14 days, the cell density in the hanging drop was very high and the spheroid in the center became
invisible. Scale bar: 500 𝜇m. (c) Spheroids formed in cocultures were examined by scanning electron microscopy (SEM). A series of images
from day 3 with increasing magnification (i–iv) shows a spheroid with only a few adhering HSPCs, identified as small round cells (arrows)
attaching to the surface of the relatively smooth spheroid. On day 4, significantly more HSPCs attached to the spheroid (v, vi). After 7 days,
the whole surface of the spheroid was covered by HSPCs, which also seem to attach to each other (vii, viii). Scale bars: 25 𝜇m (i, ii, v, vii, and
viii); 10 𝜇m (iii, vi); and 5 𝜇m (iv).

increasing time, HSPC adhesion increased (day 4) until after
one week of coculture when the entire spheroid surface was
covered with HSPCs. Here, the hematopoietic cells attached
not only to the MSCs but also to one another (Figure 2(c)).
For the analysis of spheroid composition and for determination of the localization of both cell types inside of the
aggregate, cryosections were immunostained with antibodies
against CD90, a MSC-specific surface marker, and against
CD45, a pan-hematopoietic marker, for which MSCs are
known to be negative. During the initial phase of coculture,
there was no evidence of HSPC occurrence inside MSC
spheroids because no CD45 signal was detectable at day
3 (Figure 3). Instead, all cells were positive for CD90. The
spheroid morphology already described in the previous

section was evident with a dense peripheral MSC ring which
presumably prevented HSPC invasion. This morphology
turned steadily into a more compact MSC aggregation resulting in smaller spheroid diameters. On day 6, CD45+ HSPCs
occurred at the spheroid surface (Figure 3). After two weeks
of coincubation, the vast majority of cells in the aggregate
were CD45+ , whereas CD90 showed a faint patchy staining
intensity, indicating a collapse of the MSC core (Figure 3). In
conclusion, the HSPC adhesion strength in this 3D hanging
drop model is rather weak because they could easily be
dissociated from the MSC spheroid by extensive pipetting
and without the addition of digesting enzymes. In spite of
a mixed MSC-HSPC suspension at the seeding time point,
the two cell types segregated and rearranged reproducibly,
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Figure 3: HSPCs, initially excluded by spheroid-forming MSCs, penetrate the spheroids after one week of coculture. Immunofluorescence
staining of spheroid cryosections with antibodies against CD90 detecting MSCs and CD45 detecting hematopoietic cells revealed that on day
3 of coculture the spheroids were exclusively made up of MSCs. After 6 days of coculture, compaction of the spheroid occurred and CD90
staining was still present throughout the spheroid. Only a few CD45+ cells were attached to the spheroid surface. On day 14 of coculture, most
cells were stained with the anti-CD45 antibody, while the CD90+ cells of the core seemed to be collapsed. Cell nuclei were counterstained
with DAPI. Scale bar: 100 𝜇m.

indicating that the homotypic interactions of MSCs outweigh
their contact to hematopoietic cells.
3.3. MSC Spheroids Synthesize Niche-Specific ECM. The
expression pattern of bone marrow ECM components inside
the spheroids was investigated by immunofluorescence staining. In adult human bone marrow, the laminin isoform LM511
was identified as an essential constituent of the ECM [32,
33]. Immunofluorescence staining of spheroid cryosections
with laminin chain-specific antibodies revealed strong signals
for the alpha5, beta1, and gamma1 chains (Figure 4(a)). The
laminin alpha4 chain, also expressed by bone marrow cells
[33], has been implicated in adhesion and migration of
hematopoietic progenitors [32]. The laminin alpha4 chain
was observed to be present to a high degree in MSC spheroids
(Figure 4(a)). The laminin alpha2, beta2, and gamma2 chains,
also described in the bone marrow [34, 35], were absent in
the spheroids (Supplementary Figure S2). In summary, MSCs
cultured as spheroids vigorously express LM411 and LM511.
The basement membrane component collagen type IV
was detectable throughout the early MSC spheroid and
was expressed to a similarly high degree as fibronectin, a
basic constituent of the bone marrow extracellular matrix
(Figure 4(b)). In addition, 3-day-old spheroids synthesized
considerable amounts of the large glycoprotein tenascin-C
and the microfibrillar collagen type VI. Both ECM proteins
display strong cytoadhesive properties for hematopoietic

progenitor cells [30, 36]. MSC spheroids were also positive for
the fibrillar collagen type I and for the proteoglycan perlecan
(Supplementary Figure S2B), an integral part of basement
membranes, which is an antiadhesive bone marrow substrate
[37]. After 10 days in culture, expression of most ECM
molecules was clearly reduced except for tenascin-C und
collagen type VI (Figure 4(b)). Both components still produced a scaffold-like structure, thus probably allowing HSPC
aggregation even after breakdown of the MSC core. These
results demonstrate that various principal bone marrow ECM
constituents involved in HSPC adhesion and regulation are
synthesized by early MSC spheroids during hanging drop
culture.
3.4. HSPC Expansion in 2D Coculture Exceeds the Proliferation Rate in Hanging Drops. A primary goal of the 3D
coculture model was fast and efficient expansion of cord
blood-derived CD34+ HSPCs. In initial studies, a mixture
of one volume MSC expansion medium GMP with four
volumes HSPC expansion medium SFEM, supplemented
with 100 ng/mL Flt-3L and SCF, and 20 ng/mL IL-3 and
IL-6 (GMP-SFEM-CC100) yielded the highest proliferation
rate (Supplementary Figure S3B). For comparison with 2D
cultures, the MSC-HSPC suspension was seeded in the same
volume with the same cell numbers in a conventional flatbottom 96-well plate, in which MSCs readily adhered to
the well bottom and HSPCs evenly attached to the MSC
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Figure 4: MSC spheroids express ECM components of the bone marrow. (a) The micrographs show immunofluorescence staining of 3day-old MSC spheroid cryosections labeled with laminin chain-specific antibodies. Strong signals for the laminin alpha4, alpha5, beta1, and
gamma1 chain were detected throughout the spheroids. (b) Sections from coculture spheroids harvested on days 3 and 10 were stained with
antibodies against collagen type IV, fibronectin, tenascin-C, and collagen type VI. While all four matrix components were strongly expressed
in early spheroids (upper panel), prominent expression was only detected for tenascin-C and collagen type VI in later stages of coculture
(lower panel). Cell nuclei were counterstained with DAPI. Scale bar: 100 𝜇m.

monolayer (Supplementary Figure S3C). After one week of
coincubation, numbers of expanded HSPCs per hanging drop
were already significantly lower than in a comparable 2D well
(Figure 5(a)). This difference became even more prominent
after 14 days of culture ((26.9 ± 3.4) × 104 cells under 3D and
(45.7 ± 1.2) × 104 cells under 2D conditions, resp.). Coculture
of HSPCs with MSCs was beneficial compared with HSPCs
as a monoculture in the corresponding system (Figure 5(b)).
The positive effect on proliferation was more prominent when
CD34+ HSPCs were coincubated with a MSC monolayer
(736 ± 204 fold increase) than with a MSC spheroid (440 ± 98
fold increase). In the 2D monoculture system, the expanding
HSPCs accumulate in one half of the well whereas in the 2D
coculture an even HSPC distribution over the entire well area
could be observed (Supplementary Figure S3C) indicating
that direct cell-cell contact between HSPCs and MSCs was
essential for an effective proliferation of the former.

3.5. 3D Coculture Does Not Favor Expansion of Primitive Progenitors. Multilineage differentiation potential of
expanded HSPCs can be analyzed by colony-forming unit
(CFU) assays. After 14 days of incubation, colonies deriving from erythroid progenitors (BFU-E), granulocyte/macrophage progenitors (CFU-GM), or multilineage granulocyte/erythrocyte/macrophage/megakaryocyte progenitors
(CFU-GEMM) can be identified based on their morphological appearance and hemoglobin production. CFU assays
with HSPCs expanded either as co- or monoculture under
2D and 3D conditions for 7-8 days were performed because
differences in proliferation between the respective methods were already significant at this time point. Figure 6(a)
depicts the distribution of the particular CFUs arising from
unexpanded cells or from cells expanded in 2D or 3D,
expressed as percentage of total colony counts. A general
trend was observed for increasing BFU-E after expansion
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Figure 5: HSPCs proliferate more extensively in coculture with MSC monolayers than with MSC spheroids. Expansion of HSPCs under 2D
or 3D conditions was compared by seeding 500 HSPCs in combination with 5000 MSCs in conventional 96-well culture plates or in hanging
drop plates, respectively, followed by determination of HSPC numbers at different time points. (a) Representative data from one donor show
a significantly lower proliferation rate already after one week of coculture in 3D when compared with 2D. Samples were analyzed in triplicate.
Statistical analysis was performed using a two-tailed parametric 𝑡-test. (b) The fold increase in HSPC numbers was obtained after expansion
of 500 HSPCs in coculture or in monoculture. The highest proliferation rates were detected for the 2D coculture, whereas HSPCs incubated
with MSC spheroids in 3D did not exceed the expansion level of the 2D monoculture. Statistical significance was assessed using one-way
ANOVA. Data are shown as mean ± standard deviation of four independent experiments with four donors (∗∗ 𝑝 < 0.01; ∗∗∗ 𝑝 < 0.001).

at the expense of CFU-GEMM. This coincides with the
high proliferative capacity of erythroid progenitors from
cord blood when compared to stem cells originating from
other sources [38]. HSPCs expanded on a MSC monolayer
produced significantly more CFU-GM than those incubated
in hanging drops. When the proliferation rate of HSPCs after
one week in the respective system was taken into account and
the CFU profile was expressed as a fold increase of colony
numbers developed from 103 freshly isolated, unexpanded
HSPCs (Figure 6(b)), the difference in CFU-GM was even
more pronounced (225 ± 21 fold increase in 2D coculture;
116 ± 15 in 2D monoculture; 99 ± 34 in 3D coculture;
50 ± 27 in 3D monoculture). The fold increase of BFU-E
and CFU-GEMM tended to be higher after expansion in
the 3D coincubation system but failed to reach statistical
significance. In contrast, the total colony number for HSPCs
deriving from the 2D coculture was significantly elevated in
comparison to all other culture methods. According to these
results, HSPC expansion with MSC spheroids in hanging
drops has no significantly beneficial effect on their colonyforming potential over cells grown with MSC monolayers.

4. Discussion
Fast and efficient ex vivo expansion of hematopoietic stem
cells prior to transplantation is still a challenge which many

research groups have attempted to overcome by placing more
and more emphasis on 3D techniques. In the present study,
we analyzed a simplified 3D coincubation model of cord
blood-derived CD34+ HSPCs together with bone marrowderived MSCs in a hanging drop culture which led to an
aggregation of MSCs into spheroids surrounded by HSPCs.
Surprisingly, HSPC expansion in a conventional 2D culture
system was higher than the proliferation rate in the 3D model,
although the expression of many essential bone marrow ECM
components was detected in the spheroids. Furthermore,
HSPCs expanded in hanging drop plates were inferior to
those from 2D culture with respect to their differentiation
potential. Accordingly, in contrast to the widely accepted
dogma, our study displayed that traditional 2D culture might,
in some aspects, be advantageous over certain 3D systems.
The hanging drop culture method has been greatly
improved by creating well plates with perforated arrays in
which hanging drops are formed by gravity forces. These
plates are currently a widely used culture system in tumor
biology and drug testing studies and allow the application
of automated liquid handling systems for high-throughput
analyses [39–41]. Furthermore, this system is advantageous
over other spheroid-based methods like low-adhesion culture
devices or specific surface coatings due to its outstanding
reproducibility by formation of uniquely sized aggregates. To
the best of our knowledge, our study is the first that uses
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Figure 6: The 3D model is not favorable for the enhancement of primitive progenitors. Multilineage differentiation capacity of 103 HSPCs
expanded in the hanging drop model or in a 2D culture plate was investigated after one week of culture with or without MSCs (coculture
and monoculture, resp.) in a CFU assay. Results were compared to the CFU forming potential of 103 freshly isolated cord blood-derived
HSPCs (control). (a) The BFU-E percentage of the total CFU number increased after ex vivo expansion at the expense of CFU-GEMM for all
culture conditions. The CFU-GM percentage of the total CFU number was considerably augmented only for HSPCs in 2D coculture. (b) The
CFU fold increase was obtained by comparison with colony numbers of nonexpanded cells and was calculated using the proliferation rate of
HSPCs under the respective culture conditions. HSPCs expanded on an adherent MSC layer produced the largest number of total colonies.
Values are expressed as mean ± standard deviation of three independent experiments from three donors. One-way ANOVA was applied for
statistical analysis (∗ 𝑝 < 0.05; ∗∗ 𝑝 < 0.01; ∗∗∗ 𝑝 < 0.001).

the hanging drop method for mimicking the HSC niche in
vitro.
A recent study reported elevated expression levels of
anti-inflammatory and anticancer factors by 3-day-old MSC
spheroids [42]. Comparable to our findings, Bartosh and
coworkers also observed spheroid compaction and the
appearance of an epithelial-like layer on the surface [43].
Enhanced differentiation potential of MSCs into the adipogenic and osteogenic lineages or into epithelial and neuronal progenitors was also demonstrated with the spheroid
incubation method [44, 45]. These reports emphasize that
when MSCs are grown as monolayers or in 3D systems,
changes occur not only in cell morphology and structure
but also in transcriptome and proteome profiles and consequently in cell behavior. Cell growth most likely decreases in a
3D environment due to contact inhibition because most cells
experience close interactions with several adjacent neighbors,
which might explain the absence of MSC proliferation in
the hanging drop spheroids. Plastic/substrate adherence is
one of the characteristic criteria for highly expanding MSCs.

Hence, reduced or a lack of opportunities to firmly attach to a
substrate might additionally impair their expansion potential.
The ECM is an essential constituent of the hematopoietic stem cell niches. Therefore the question arose whether
exogenous ECM components should be added to the hanging
drop culture. Matrigel is a widely used tool to create a 3D
environment [46]. But due to its varying compositions of
diverse ECM molecules, the use of Matrigel might hinder
reproducibility [47]. Our 3D model shows that, within the
spheroids, MSCs produce considerable amounts of ECM
components also found in the hematopoietic niches in vivo.
Notably the laminin isoforms LM411 and LM511, which are
implicated in HSPC adhesion and migration [32, 33], were
already detected in 3-day-old spheroids. Tenascin-C and
fibronectin were also strongly expressed in the newly formed
spheroids. Adhesion of HSPCs to these matrix components
is mediated via the integrins 𝛼4𝛽1 and 𝛼9𝛽1, respectively,
which also regulate the proliferation of HSPCs [48, 49]. The
bone-specific collagen type I and the microfibrillar collagen
type VI, which both show cytoadhesive properties for HSPCs
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[30, 50], as well as the antiadhesive proteoglycan perlecan [37]
were also expressed in the spheroids.
Nevertheless, HSPCs did not migrate into the early
spheroids and showed only low adhesive affinity for the
MSCs at the beginning of the coculture. In the following
time points, HSPC attachment increased considerably, which
coincided with distinct spheroid compaction. Therefore,
another important factor for HSPCs, substrate elasticity,
should be considered in the comparison between 2D and 3D
models. HSPCs have been shown to sense the biomechanical
properties of their microenvironment and to transduce these
signals into cellular responses [51]. Alterations in substrate
elasticity can change adhesive interactions and migration
of human HSPCs [52]. On the other hand, MSCs also
decide upon their cell fate according to matrix elasticity
and cell geometry [53, 54] which in turn may influence
their HSPC-regulating capabilities. It is tempting to speculate
that HSPCs sense a higher stiffness of the compact MSC
spheroids and show increased attachment. This would be
in line with the observation made in the 2D culture where
almost all HSPCs adhered to the MSC monolayer from the
beginning of the coculture, because cells spread on plastic
are certainly less elastic than cells aggregated into a sphere
with large intercellular spaces. Future studies using atomic
force microscopy are required to test the correctness of these
speculations.
Distinct MSC subpopulations of the human bone marrow were recently described to form differentially sized
mesenspheres during in vitro culture and to promote HSPC
expansion [18, 55]. The proliferation-promoting ability of
these aggregates was not dependent on cell-cell contacts. In
contrast, our results support the need for a direct MSCHSPC interaction, in line with reports from other groups
[56, 57]. HSPCs expanded to a higher extent when grown
on a MSC monolayer, thereby experiencing a larger contact
area than their counterparts in coculture with MSCs as
a spheroid. Similarly, HSPCs expanded in the 2D coculture contained remarkably more granulocyte/macrophage
progenitors and produced significantly higher total colony
numbers. The hanging drop coculture was only slightly
superior in the content of erythroid and mixed progenitors.
To summarize, the respective culture conditions supported
distinct hematopoietic progenitors, and direct MSC contact
apparently plays a different role in HSPC differentiation than
in HSPC proliferation.
For a more authentic reproduction of the niche in
vitro, supplement of additional bone marrow cells such as
endothelial cells may be required. Recently, transplantable
units isolated from mouse bone marrow with mesenchymal
and hematopoietic stem cell properties were shown to be
frequently associated with blood vessels [58]. However, incorporation of additional cell types will unavoidably increase the
complexity of every model and hamper its realization due to
restricted material availability.

5. Conclusions
The presented 3D hanging drop model of MSCs and HSPCs
provides evidence that 3D culture is not always superior
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to 2D conditions. For HSPC expansion especially, coculture
with a MSC monolayer was more efficient than with a MSC
spheroid. Our findings imply that direct contact of both
cell types is required for HSPC expansion. Although the
spheroid-forming MSCs are fully capable of synthetizing
niche-specific ECM components, their strong homotypic
interactions seem to prevent an extensive contact with
HSPCs. MSC morphology, expression of surface molecules,
and their interaction with HSPCs are different when MSCs
are grown as a spread monolayer compared to the case when
grown as a spheroid where the cells are of reduced volume and
surface area. It appears that MSCs need a physical substrate
in order to optimally exert their HSPC supportive functions,
an important point that should be considered for ex vivo
expansion protocols.

Highlights
(i) During MSC/HSPC coculture in hanging drops,
MSCs segregate into tight spheroids.
(ii) HSPCs are initially excluded from the MSC spheroids
but replace MSCs at later stages.
(iii) HSPC expansion in 3D culture is lower than in 2D
coculture.
(iv) The largest number of colony-forming units is found
after 2D coculture.
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Epigenetic mechanisms underlie differentiation of pluripotent stem cells into different lineages that contain identical genomes but
express different sets of cell type-specific genes. Because of high discordance rates in monozygotic twins, epigenetic mechanisms are
also implicated in development of neuropsychiatric disorders such as schizophrenia and autism. In support of this notion, increased
levels of DNA methyltransferases (DNMTs), DNMT polymorphisms, and dysregulation of DNA methylation network were
reported among schizophrenia patients. These results point to the importance of development of DNA methylation machinerybased models for studying the mechanism of abnormal neurogenesis due to certain DNMT alleles or dysregulated DNMTs.
Achieving this goal is strongly confronted by embryonic lethality associated with altered levels of epigenetic machinery such as
DNMT1 and expensive approaches in developing in vivo models. In light of literature evidence that embryonic stem cells (ESCs) are
tolerant of DNMT mutations and advancement in the technology of gene targeting, it is now possible to introduce desired mutations
in DNMT loci to generate suitable ESC lines that can help understand the underlying mechanisms by which abnormal levels of
DNMTs or their specific mutations/alleles result in abnormal neurogenesis. In the future, these models can facilitate development
of suitable drugs for treatment of neuropsychiatric disorders.

1. Introduction
During postblastocyst stage of mammalian development, the
embryo undergoes implantation and the cells of the inner
cell mass undergo lineage specification. As a result, cells of
different lineages, despite being genetically identical, express
unique set of genes that are lineage-specific while keeping
the nonspecific genes silent. This difference in expression
patterns is achieved due to the developmental cues in the
embryo but is maintained in form of distinctive epigenetic
patterns of the genomes. These epigenetic marks are heritable
such that they are propagated in all the daughter cells within
the lineage.
DNA methylation, histone modifications, and regulatory
noncoding RNAs constitute the main epigenetic marks of
mammalian genomes. Of these three, DNA methylation or
covalent addition of methyl group at the fifth carbon of
cytosines in genomic DNA is the earliest to be reported and
most well studied in terms of its establishment, maintenance,

and erasure (e.g., see [1]). Most cytosines are methylated in
CpG dinucleotides except in the CpG islands wherein in most
cases unmethylated state has been positively correlated with
gene expression [2–4]. Because of this inverse relationship
with gene expression, DNA methylation and the machinery
responsible for establishment/maintenance play an important role in differentiation. Whereas de novo methyltransferases DNMT3A and DNMT3B can impart new methylation
marks on unmethylated DNA, DNMT1 is responsible for
maintenance of DNA methylation throughout life [5]. These
contrasting functions of de novo and maintenance DNMTs
are reflected in their expression patterns: DNMT3A and
DNMT3B are involved in epigenetic reprogramming and
expressed mainly in the germline [6, 7], pluripotent, and
adult stem cells [8] whereas DNMT1 is expressed in all
developmental stages and in terminally differentiated tissues.
Because of their central role in creation and maintenance
of DNA methylation patterns and the inverse correlation
between DNA methylation and gene expression, DNMTs
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Table 1: Effects of DNMT deficiency and overexpression in development/differentiation.

S. number

Type of the defect

Reference
Phenotype(s)
Lethality at midgestation with imprinting
[10]
and DNA methylation defects

Model system
Mouse (knockout)

1

2

DNMT1 deficiency

DNMT3a deficiency

Mouse (conditional knockout in
precursor cells in central nervous Degeneration of neurons
system)
Mouse embryonic stem cells
Differentiated neurons do not survive,
(ESCs)
self-renewal is unaffected
Poor retention in niches, deficient
Hematopoietic stem cells (HSCs)
self-renewal, and defective hematopoiesis

[16]

Mouse (knockout)

[13]

Mouse ESCs (knockout)
Conditional knockout in
hematopoietic lineage
Mouse (knockout)
Mouse ESCs (knockout)

3

DNMT3b deficiency
Conditional knockout in
hematopoietic lineage

4

DNMT3L deficiency

5

DNMT1 overexpression

Mouse (knockout)
Mouse (transgenic)

6

Mouse ESCs (targeted knocking
to increase the levels of DNMT1
DNMT3a and DNMT1 overexpression Schizophrenia and bipolar
patients with psychosis

have been the subjects of intense research. In particular,
the role of DNMTs and the influence of their dysregulation
on the process of differentiation or maintenance of differentiated state are becoming unraveled in the recent past.
Recent studies also indicate that dysregulation of DNMTs
may be a disease-causing mechanism among patients with
schizophrenia and bipolar disorders. Epigenetic mechanisms
have been proposed to be involved in pathophysiology of
schizophrenia and autism because of high discordance rates
between monozygotic twins [9]. Although these defective
epigenetic mechanisms include machinery responsible for
establishment and maintenance of histone modifications
as well as DNA methylation, published literature to date
suggests more evidence for dysregulation of DNMTs in
schizophrenia [10].
Here, I will describe the central role of DNMTs in
mammalian development, the embryonic stem cell- (ESC-)
based in vitro and animal models developed by different
investigators that have helped in gaining insights into the
critical role of DNMTs in pluripotency and differentiation
(Table 1). I will then describe the problems associated with

Failure to develop to term
No effect on self-renewal, progressive loss
of DNA methylation, and ability to
differentiate
Block in differentiation and expanded
number of HSCs in bone marrow
Death within four weeks after birth
Self-renewal unaffected, progressive loss
of DNA methylation, and ability to
differentiate
Defects are milder than in case of
DNMT3a deficiency in HSCs; double
mutants (deficient in both DNMT3A and
DNMT3B) have more severe defects
Females: stochastic imprinting patterns
Males: low spermatogonia and
wide-spread methylation defects
Lethality at midgestation due to
imprinting defects
Abnormal neuronal differentiation with
upregulated NMDA receptor activity
Aberrant hypermethylation and
downregulation of REELIN and GAD67

[11]

[18]

[19]
[20]
[13]
[19]

[20]
[14]
[15]
[12]
[21]
[22]

development of suitable animal models and propose that
transgenic ESC models can help in understanding the mechanisms by which dysregulation of DNMTs or particular
DNMT mutants/alleles influences neuronal differentiation.
An understanding of these mechanisms would in turn help in
determining the pathophysiology among those schizophrenia patients where there is dysregulation of DNMTs. Such
information is also invaluable in identification of suitable
drugs that help in correcting the abnormal neuronal phenotypes because of dysregulation of DNMTs.

2. Basic Functions of De Novo and
Maintenance DNMTs
As mentioned above, DNMT3A and DNMT3B are the de
novo methyltransferases whereas DNMT1 is a maintenance
methyltransferase. In addition to these enzymes, DNMT3L
is another DNMT family member which is catalytically
inactive. DNMT3L interacts with DNMT3A and DNMT3B
and is important for establishment of certain methylation
marks in the germline. Once DNA methylation marks are
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Figure 1: Specific roles of DNMTs in establishment and maintenance methylation in mammalian genomes. (a) Unmethylated DNA is acted
upon by de novo methyltransferases DNMT3A and DNMT3B which methylated cytosines in the DNA molecule. The complementary strands
are shown in green and red. This step also requires DNMT3L, the nonenzymatic member of DNMT family. (b) As a result of de novo
methylation, methylated cytosines can be found in the context of both CpG and non-CpG dinucleotides. (c) After replication, the parental
strand in each daughter DNA molecule serves as information for maintenance methylation. DNMT1 methylates cytosines in the daughter
strand at positions that are exactly opposite to the methylated cytosines in the parent strand. (d) Because CpG dinucleotides are symmetric
and exactly opposite in the daughter DNA, the maintenance methylation is highly efficient at CpG dinucleotides. Non-CpG dinucleotides do
not contain cytosines at exactly the opposite positions in the two strands and therefore maintenance methylation in these dinucleotides is
poor.

established on unmethylated DNA, they are maintained by
DNMT1 in a postreplicative manner (Figure 1 [11]). When
DNA is freshly replicated, the parental and daughter strands
contain methylated and unmethylated cytosines and are
said to be hemimethylated. DNMT1 is proposed to “read”
these methylation marks and establish methylation on the
opposite cytosines in the newly synthesized complementary
strand. For this reason, CpG dinucleotide is best suited for
heritability of methylation marks because the complementary
strand also contains the same dinucleotide in exactly the same
position. Because of the lack of this symmetry, non-CpG
methylation is not efficiently maintained (Figure 1).

3. Essential Role of DNMTs in
Mammalian Development
Indications that DNMTs are absolutely essential for development came from mouse transgenic studies. ESCs in which
both alleles of Dnmt1 were disrupted showed reduction
in DNA methylation levels and normal growth rates and
morphology, but embryos derived from them showed stunted
growth and developmental delay and did not survive after

midgestation [12]. However, in mice carrying a conditional
allele which results in loss of DNMT1 precursor cells of the
central nervous system resulted in formation of hypomethylated neurons but these neurons quickly degenerated [13]. In
subsequent studies in which the DNMT1 levels were altered,
increased levels of DNMT1 also result in embryonic lethality
around midgestation because of genomic hypermethylation
aberrant regulation of imprinted genes (a class of genes
that are expressed from only one of the two homologous
chromosomes based on their parental origin) [14]. Similar
to the results obtained with DNMT1 knockout embryos,
absence of DNMT3A or DNMT3B affects normal development/survival. Whereas Dnmt3Bnull/null embryos fail to
develop to term due to developmental defects, Dnmt3Anull/null
embryos survive to term but fail to survive beyond four
weeks [15]. In contrast to lethality associated with deficiency
of DNMT1 or DNMT3a or DNMT3b, Dnm3Lnull/null mice
survive but their conceptuses have DNA methylation defects.
Dnmt3Lnull/null females show stochastic imprinting patterns
in their oocytes [16] resulting in a population of embryos
that do not develop to term because of abnormal methylation patterns whereas Dnmt3Lnull/null males show loss of
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spermatogonia with wide-spread DNA methylation defects
that reduce the chances of survival of their progeny [17].
Taken together, these results suggest that optimal levels of
DNMTs are essential for normal development and survival.

4. DNMTs and Their Role Differentiation
The functional roles of DNMTs in the differentiation program
were only established recently. Transgenic studies in which
a catalytically inactive DNMT1 mutant was expressed in
Dnmt1c/c mouse ESCs that do not produce DNMT1 showed
that in absence of DNMT1 ESCs do not lose their selfrenewal capacity and their ability to initiate differentiation
but the mutant cells do not survive differentiation [21]. For
instance, loss of DNMT1 activity has been shown to be the
sole reason for the inability of the Dnmt1c/c -derived neurons
to survive [19]. In another set of studies, mouse ESCs were
genetically engineered to produce high levels of DNMT1
from the endogenous Dnmt1 promoter [18]. These mutant
ESCs showed normal morphology and growth patterns but
produced abnormal neurons that showed extensive dendritic
arborization, branching, and increased levels of NR1 subunit
of N-methyl D-aspartate (NMDA) receptor [23]. This study
has also shown that the levels of DNMT1 are tightly regulated
during differentiation and, as a result, DNMT1 is maintained
at low levels in embryoid bodies and neurons. This study
also indicated that downregulation of DNMT1 is a general
phenomenon associated with differentiation. Consistent with
this indication, two pluripotency factors OCT4 and Nanog
have been shown to bind to the Dnmt1 promoter and enable
the expression of DNMT1 in ESCs [20]. It is therefore
plausible to expect that downregulation of OCT4 and Nanog
results in lowering of DNMT1 levels during differentiation.
Effects of DNMT1 loss of function have also been investigated
in hematopoietic stem cells (HSCs) wherein specific absence
of DNMT1 in the hematopoietic system results in poor
retention of HSCs in their niches, deficient self-renewal,
and multilineage hematopoiesis. These abnormalities were
accompanied by enhanced cell cycling and dysregulated
mature lineage gene expression in myeloid progenitor cells
[24]. Taken together, it becomes evident that DNMT1 plays
a crucial role in regulating the differentiation potential of
pluripotent stem cells as well as adult stem cells.
Experiments using transgenic mice lacking DNMT3A
and/or DNMT3B suggest that in addition to DNMT1,
DNMT3A and DNMT3B also influence differentiation. For
instance, in absence of DNMT3A and DNMT3B, ESCs retain
their proliferative capacity and self-renewal but progressively
lose DNA methylation [15]. Interestingly, these mutant cells
also progressively lose their ability to differentiate [22]. Additional roles of DNMT3A and DNMT3B on self-renewal and
differentiation of hematopoietic stem cells (HSCs) became
evident from patients with DNMT3A mutations. About
20% of the individuals with DNMT3A mutations present
with acute myeloid leukemia and myelodysplastic syndrome,
characterized by abnormal differentiation or deficiency of
hematopoietic lineages. Experimental data on mutant mice
in which there is a loss of DNMT3A in hematopoietic stem
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cells showed a block in differentiation and an expanded
number of HSCs in bone marrow [25]. The molecular
defect in the mutant HSCs is an increased expression of
multipotency genes and a decreased expression of differentiation factors. Subsequent studies where either or both of
DNMT3A and DNMT3B were conditionally knocked out in
HSCs showed that double mutants show synergistic effects
whereas DNMT3B mutants showed milder phenotypes [26].
In another set of experiments, DNMT3A expression in
postnatal neural stem cells (NSCs) was observed to result
in intergenic and gene body methylation of several regions,
particularly in the gene bodies proximal to the promoters
of neurogenic genes. Such methylation was shown to be
required for expression of these genes to enable normal
neuronal differentiation [27]. From the discussion above,
a conclusion can be drawn that DNMT levels and their
expression patterns determine the proliferative capacity and
the differentiation potential of pluripotent and adult stem
cells.

5. Involvement of DNMTs in
Neuropsychiatric Disorders
Because of their central role in the properties of pluripotent
and adult stem cells, and their differentiation potential,
abnormal regulation of DNMTs or their mutations are
expected to cause a broad spectrum of human disease conditions. However, their essential requirement during embryogenesis makes many of the mutations in DNMTs unrecoverable due to embryonic lethality [28]. Mutations that are mild
or those that occur in specific tissue types (somatic mutations) or tissue-specific dysregulation of DNMTs may present
with clinically recognizable phenotypes. The only exception
seems to be DNMT3B loss of function which results in
immune deficiency, centromere instability, and facial abnormalities (ICF) syndrome [29]. Among recent investigations
on disorders in which epigenetic mechanisms have been
implicated, a relationship between dysregulation of DNMTs
and schizophrenia has been observed. For instance, elevated
levels of DNMT1 were observed in the interneurons of frontal
cortex of schizophrenia and bipolar patients with psychosis.
This overexpression of DNMT1 was correlated with hypermethylation and downregulation of GAD67 and REELIN [30].
Both GAD67 deficiency and REELIN deficiency have been
shown to cause schizophrenia-like phenotypes [31]. Since
DNMT1 cannot by itself establish new DNA methylation
marks, it is reasonable to also expect dysregulation of de novo
DNMTs in the brain samples with schizophrenia. Consistent
with this expectation, overexpression of DNMT3A was also
observed in GABAergic neurons of schizophrenia patients
[32]. Mechanistically, the relationship between overexpression of DNMT1 and schizophrenia is not fully known
although a recent study showed that DNMT1 binds to the
promoters of BDNF and GABAergic genes. This finding is
in support of the hypothesis that overexpression of DNMT1
downregulates both specific GABAergic and glutamatergic
genes [33]. It is important to note here that the mechanistic
basis by which DNMT1 is specifically targeted to promoters
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such as those of REELIN, BDNF, GAD67, and the repressed
GABAergic and glutamatergic genes is unknown. In addition
to the reports that related overexpression of DNMT1 in brain
samples from schizophrenia patients, certain alleles of Dnmt1,
Dnmt3A, and Dnmt3L have been found to be associated
with schizophrenia [34]. In summary, the findings described
above indicate that dysregulation of DNMT expression and
specific alleles of DNMTs may contribute to development of
schizophrenia.

6. Stem Cell Models to
Investigate the Role of DNMTs in
Abnormal Neuronal Development
At present, there are no suitable in vivo models available to
investigate the mechanistic basis by which overexpression
of DNMTs or specific alleles of DNMTs cause phenotypes
associated with schizophrenia. Animal models to investigate
the mechanistic role of DNMT defects are very expensive
as they require gene targeting experiments using conditional
alleles that affect DNMTs in neuronal lineages. In addition,
materials such as neuronal progenitors and neurons in early
stages of differentiation are limited in their availability per
animal and require multiple animals to be used in each study.
In vitro models help address these problems because it is
possible to genetically modify ESCs or neuronal progenitor
cells, scale them up to required quantities, and induce differentiation into specific types of neurons, which in turn can be
obtained in sufficient amounts. To this date, Dnmt tet/tet ESCs
constitute the only cell line in which DNMT1 overexpression
in ESCs results in abnormal neuronal differentiation. This
transgenic cell line was obtained by inserting tet-off cassettes
into the endogenous Dnmt1 promoters of wild-type ESCs. As
a result of transactivation mediated by the tet-off cassettes,
the levels of DNMT1 in Dnmt tet/tet ESCs are five times
higher than the wild-type cells [18]. These ESCs showed
normal growth kinetics and morphological features but produced neurons that show abnormal dendritic arborization,
branching as in case of patients with spontaneous limbic
epilepsy, and hyperactive N-methyl-D-aspartate receptor due
to overexpression of NR1 subunit [23]. Interestingly, the
abnormal neurons do not overexpress DNMT1 anymore and
in fact DNMT1 overexpression was lost immediately after
induction of differentiation. Therefore, Dnmt tet/tet neurons
appear to “remember” that DNMT1 was overexpressed in
ESC stage and this memory results in abnormal neurogenesis.
While there is an ESC model to investigate the role of DNMT1
overexpression in abnormal neurogenesis, the Dnmt1tet/tet
neurons do not have elevated levels of DNMT1 in neurons
and therefore do not represent the neurons of schizophrenia
patients with psychosis.
From the description above, it is clear that there is
an absolute need for development of suitable cell-based
models to study the mechanisms by which elevated levels of
DNMT1 and DNMT3A, or other DNMT family members,
specific disease-associated DNMT alleles cause development
of abnormal neurons. These models would then give us an
opportunity to test whether the resultant neurons share any
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molecular/phenotypic features of neurons from schizophrenia patients or from patients with other psychiatric disorders. The task of cell-based models to generate neurons
that overexpress DNMTs or express specific schizophreniaassociated DNMT variants can be accomplished with relative
ease because ESCs are tolerant to DNMT levels and even
loss of methylation [35]. ESCs are also amenable to targeted
gene modification, a method that can allow investigators to
introduce specific DNMT alleles in place of wild-type alleles
without altering the rest of the genome [36]. Technologies
for achieving these goals are in practice for several years
and are being constantly improved, especially in the recent
five years. For example, CRISPR/Cas9 system is a recent
technology that enables a high frequency replacement of
wild-type alleles with the mutant alleles [37]. Using this
system, it is possible to generate homozygous mutants that
express only the mutant proteins (Figure 2). It is also possible
to investigate specifically the functional role of a specific
DNMT mutant by using DNMT-null ESCs to generate
transgenic cell lines that only express the mutant proteins
(Figure 2). To achieve constitutive overexpression of DNMTs,
new generation expression vectors for ESCs are available with
appropriate promoters that encode transcripts such that the
transcript produced contains messages for both the gene of
interest and a selection marker that confers resistance to
an antibiotic such as geneticin, puromycin, and hygromycin
(e.g., see [38]).
The possibility of development of ESC models offers
certain advantages and disadvantages in their utility to
understand the mechanistic basis by which dysregulation of
DNMTs is associated with disorders such as schizophrenia.
In vitro models offer a simple platform to investigate the
disease-causing mechanisms because genetically altered ESC
lines have well-defined mutations and, barring these specific
changes, the remainder of the genome in each of these mutant
cell lines is identical to the wild-type cells. As a result,
the genotype-phenotype correlation would be clear and
unequivocal. Following determination of the exact molecular
defect, the in vitro models also become attractive tools for
large-scale screening using potential drug targets to correct
the abnormal neuronal phenotypes. Such high-throughput
screens are difficult to perform with animal models. It is
important to note that the details of affected cell types in
the brain of schizophrenia patients are not well-established.
In this context, in vitro differentiation of genetically altered
ESCs might result in neuronal cell types that may not be
representative of the cell types affected in schizophrenia.
Although there is no complete picture, literature evidence
suggests dysfunction of both GABAergic and Glutamatergic
neurons in schizophrenia [39, 40]. In the light of this
evidence, it is possible to “direct” differentiation of genetically
modified ESCs to specifically glutamatergic and GABAergic
lineages [41, 42]. In summary, genetically modified ESCs
can help address the consequences of dysregulation of
DNMT1 on development and function of either GABAergic
or glutamatergic neurons but may not present the overall
picture of abnormalities associated with a mixture of neurons
and other supporting cells in the brains of schizophrenia
patients.
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Figure 2: Schematic representation generation of embryonic stem cell-based models for studying the role of DNMT dysregulation on
development of abnormal neuronal phenotypes. Desired mutations can be selected on the basis of literature evidence of mutations in DNMTs
that are associated with neuropsychiatric disorders. Both alleles of DNMTs (de novo and maintenance) can be targeted to introduce desired
mutations in the wild-type ES cells. First round of targeting results in heterozygotes which can then be used for a second round of targeting
that results in homozygotes. Following gene targeting, homozygous ESCs (for recessive mutations) or heterozygous ESCs (for dominant
mutations) can be differentiated into neurons. The resultant neurons can be used for detailed physiological and molecular-genetic studies to
identify the molecular basis for abnormal neuronal phenotypes.

7. Conclusions
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Mesenchymal stem cells (MSCs) are a source of adult multipotent cells important in tissue regeneration. Murine MSCs are known
to proliferate poorly in vitro under normoxia. The aim of this study is to analyze the interaction of nonphysiological high oxygen and
low-dose 𝛾-irradiation onto growth, senescence, and DNA damage. Tri-potent bone marrow-derived MSCs from p53 wildtype and
p53−/− mice were cultured under either 21% or 2% O2 . Long-term observations revealed a decreasing ability of wildtype mMSCs to
proliferate and form colonies under extended culture in normoxia. This was accompanied by increased senescence under normoxia
but not associated with telomere shortening. After low-dose 𝛾-irradiation, the normoxic wildtype cells further increased the level
of senescence. The number of radiation-induced 𝛾H2AX DNA repair foci was higher in mMSCs kept under normoxia but not in
p53−/− cells. P53-deficient MSCs additionally showed higher clonogeneity, lower senescence levels, and fewer 𝛾H2AX repair foci
per cell as compared to their p53 wildtype counterparts irrespective of oxygen levels. These results reveal that oxygen levels together
with 𝛾-irradiation and p53 status are interconnected factors modulating growth capacity of BM MSCs in long-term culture. These
efforts help to better understand and optimize handling of MSCs prior to their therapeutic use.

1. Introduction
Mesenchymal stem cells (MSCs) are multipotent with a
life-long proliferation capacity in the adult organism. Their
potential to generate precursors for osteoblasts, adipocytes,
fibroblasts, and chondroblasts in vitro [1, 2] has prompted
the idea that they could also be a reservoir for the regeneration of connective tissue after injuries and fractures or
during normal cell loss [3]. Because of their multilineage
differentiation capacity and long-term proliferation potential,
they have received interest as vehicles for the treatment
of chronic degenerative diseases and acute tissue injuries
[4]. The relative ease of harvesting facilitates autologous
transplantation of MSCs into a diseased target organ, usually
after the cells have been expanded ex vivo [5]. Some of
their therapeutic benefits are also found to be conferred by
anti-inflammatory and immunomodulatory factors secreted

by the transplanted MSCs, rather than by the generation
of viable cell progeny [6]. This may explain their reported
efficiency as supplements in wound healing [7], bone marrow
transplantation (to reduce graft-versus-host disease, GvHD)
[8], and cardiac surgery [9].
At the time of writing, 529 clinical trials using MSCs are
registered worldwide (https://www.clinicaltrials.gov/), with
the majority intended to treat disorders of the CNS (12%),
cardiac disease (10%), various types of autoimmune diseases
(9%), joint and skeletal diseases (8%), metabolic disorders
(7%), and GvHD (6%). Although the therapeutic procedures
of autologous MSC transplantation are considered safe and
more robust than allogenic transplantation protocols, the
success of treatment in individual patients is variable [10]. To
what extent transplanted MSCs proliferate and whether they
are able to differentiate into fully functional cells capable of
regenerating damaged tissue are usually not determined [11].
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The mechanisms by which genetic, epigenetic, or environmental factors govern the efficiency of an MSC therapy are
difficult to assess directly in patients but can be systematically
studied in model organisms such as guinea pig, mice [12, 13],
or minipig [14].
We are interested in the influence of genotoxic stress
acting on MSCs both prior to and during ex vivo expansion,
in particular by non-physiologically high oxygen levels and
by ionizing radiation (IR). The sensitivity of eukaryotic cells
to IR-induced cell killing depends on the presence of oxygen
[15]. In vitro studies of cancer cell lines show that hypoxia
confers radioresistance, which is associated with a lower level
of DNA lesions in the nucleus [16]. MSCs in their normal
physiological context reside in hypoxic niches [17, 18] and
might therefore be relatively protected from radical oxygen
species (ROS), which are generated by ionizing radiation.
In the case of haematopoietic stem cells derived from bone
marrow, exposure to atmospheric oxygen has been shown
to trigger EPHOSS (for extraphysiologic oxygen shock or
stress) that is linked to activation of the p53 pathway and
mitochondria-mediated apoptosis [19]. Although our own
studies indicate that apoptosis is, unlike in haematopoietic
cells, not a common mechanism in MSCs during aging
or after cytogenetic stress, a p53-mediated DNA damage
response (DDR) could also impair their stem cell potency by
premature senescence or differentiation. Since murine MSCs
growing in vitro depend on a hypoxic environment [20], they
are a suitable model to investigate the mechanisms of oxygen
induced cellular stress both alone and also in combination
with a low-dose radiation exposure.
We have examined the growth capacity, clonogenic
potential, senescence induction, accumulation of DNA damage, and rate of telomere attrition of mMSCs grown under
two different oxygen concentrations. Since the first findings
suggested senescence induction and involvement of accumulating DNA damage, we tested this assumption by low-dose 𝛾irradiation of mMSCs comparing p53 wild-type with p53−/−
cells.

2. Materials and Methods
2.1. Cultivation of Primary Murine MSCs. Female FVB/N
p53wt/wt and C57BL/6 p53−/− mice, 3 to 12 months old, were
originally supplied by Charles River Laboratories (Sulzbach,
Germany) and maintained in a breeding colony at the
Helmholtz Center Munich under specific pathogen-free conditions. To collect bone marrow MSCs, mice were sacrificed
by CO2 exposure, the hind limbs were aseptically dissected,
and the femurs were cleaned from adherent tissues. One
tip of each femur was removed and the bone marrow was
collected by flushing with ice-cold PBS. After disaggregating
larger clumps of bone marrow and allowing remaining cell
clumps to sediment, the supernatant was centrifuged (5 min
at 300 ×g), and the resulting cell pellet was washed again with
PBS. Finally, bone marrow cells were plated at a cell density
of 5,000,000 per 6-well plate in DMEM/F12 media containing
10% mesenchymal stem cell qualified FBS (Life Technologies,
Carlsbad, CA). The cultures were kept in a humidified
5% CO2 incubator at 37∘ C under 21% (normoxia) or 2%
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(hypoxia) O2 . After 4 h, 6 h, and twice a day for the following 3
days, supernatant containing nonadherent cells was aspirated
and fresh complete medium was added. Adhering cells were
grown for 7 days, detached for passaging with the StemPro
Accutase Cell Dissociation Reagent (Life Technologies), and
cell numbers were obtained using a Coulter Counter Analyzer
(Beckman Coulter, Brea, CA). Growth medium was changed
every 3.5 days and cells were passaged once a week.
2.2. In Vitro Induction of Lineage Differentiation. To verify
the multilineage differentiation potential (Supplementary
Figure 1 in Supplementary Material available online at
http://dx.doi.org/10.1155/2016/6429853) the isolated mMSCs
were plated at densities of 3,000 (osteogenic), 10,000 (adipogenic), or 80,000 (chondrogenic) cells per well in 96well culture plates. For chondrogenic differentiation, cells
were allowed to attach for 2 h before inducing the differentiation, using chondrogenic differentiation medium. In the
case of osteogenic and adipogenic differentiation the cells
were stimulated with appropriate differentiation medium
only after 2 to 3 days. Remaining wells served as controls
using normal MSC growth medium. All differentiation assays
were performed under hypoxic conditions. Following lineage
induction, cultures were stained and visualized on a Keyence
BZ9000 microscope (Keyence, Neu-Isenburg, Germany).
2.2.1. Alkaline Phosphatase Staining of Osteogenic Differentiation. Murine MSCs were stimulated for up to 2
weeks in StemPro osteocyte/chondrocyte differentiation
basal medium supplemented with StemPro Osteogenesis
Supplement (Life Technologies). After fixation of the cells
with 4% paraformaldehyde, alkaline phosphatase activity
was revealed by SigmaFast BCIP/NBT chromogen staining
(Sigma Aldrich, St. Louis, MO) according to PromoCell’s
application note for “osteoblast differentiation and mineralization” (PromoCell GmbH, Heidelberg, Germany).
2.2.2. Oil Red O Staining for Adipogenic Differentiation.
Murine MSCs were stimulated for 2 weeks in StemPro
Adipocyte differentiation basal medium supplemented with
StemPro Adipogenesis Supplement (Life Technologies). After
fixation of the cells with 4% paraformaldehyde, lipid vacuoles
were stained for 45 min at room temperature with an Oil red
O buffer solution (60% isopropanol with 3 mg/mL Oil red O
(Sigma Aldrich), 40% H2 O) and rinsed with water.
2.2.3. Alcian Blue Staining for Chondrogenic Differentiation. Murine MSCs were stimulated for 3 weeks in StemPro Osteocyte/Chondrocyte differentiation basal medium
supplemented with StemPro Chondrogenesis Supplement
(Life Technologies). After fixation of the cells with 4%
paraformaldehyde, proteoglycan aggrecan in the cartilage
extracellular matrix was stained by an Alcian Blue 8GX
dye (Sigma Aldrich) according to PromoCell’s application
note for “chondrogenic differentiation and analysis of MSC”
(PromoCell).
2.3. Clonogenic Survival. For the measurement of clonogenic
survival, between 500 and 5,000 mMSCs per 75 cm2 were
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seeded in cell culture flasks under either normoxia or
hypoxia. After 10 to 14 days, the colony formation capacity
was assayed after ethanol fixation and Giemsa (Merck, Darmstadt, Germany) staining. Plating efficiency in percentage was
calculated by the following formula: (number of colonies
formed/number of seeded cells) × 100.
2.4. Irradiation. Irradiation of mMSCs was performed with
a Cs-137 irradiator (HWM D-2000, Siemens, Germany) at
a dose rate of 0.5 Gy/min. For irradiation doses lower than
0.5 Gy, a shielded lead box was used with an attenuation
factor of 10%. Doses were administered at room temperature
and control cells were sham-irradiated. During the entire
irradiation procedure (about 20 min) the cell culture vessels
were sealed with parafilm to reduce gas exchange.
2.5. Senescence Analysis. For assessment of senescence associated 𝛽-galactosidase activity 7 days after irradiation, subconfluent mMSCs in 96-well culture plates were washed
with PBS, fixed with 4% paraformaldehyde, again washed
with PBS, and stained for 12 h at 37∘ C with an X-gal buffer
solution (40 mM Na2 HPO4 , 150 mM NaCl, 2 mM MgCl2 ,
5 mM K3 Fe(CN)6 , 5 mM K4 Fe(CN)6 ⋅3H2 O, and 1 mg/mL Xgal, pH 6). Multicolored microscope images were taken with
a Keyence BZ9000 microscope.
2.6. Analysis of p53 Stabilization and 𝛾H2AX DNA Damage
Repair Foci. Murine MSCs were seeded on glass slides and
grown in either hypoxia or normoxia for at least 24 h.
Following irradiation, the cells were fixed at the indicated
time points (methanol for p53 or 4% paraformaldehyde
for 𝛾H2AX). Fixed cells were washed in PBS, treated with
0.05% Saponin (40 min for p53) or 0.2% Triton-X (5 min for
𝛾H2AX) in PBS, washed in PBS, and blocked with 10 mg/mL
BSA and 1.5 mg/mL glycine in PBS for 1 h at room temperature. Cells were incubated with primary antibodies against
phosphorylated 𝛾H2AX (Upstate Biotechnology, Lake Placid,
NY) diluted in antibody dilution solution (DCS, Hamburg,
Germany) or against p53 (R19, Santa Cruz Biotechnology,
Dallas, TX) in PBS for at least 90 min. For visualization
goat anti-mouse Cy3-conjugated secondary antibody (GE
Healthcare GmbH, Freiburg, Germany) diluted in antibody dilution solution or HRP-conjugated donkey anti-goat
secondary antibody (Santa Cruz Biotechnology) was used
after washing slides in PBS (and blocking peroxidases for
15 min with 0.2% H2 O2 for p53). For immunohistochemical
staining of p53, SIGMAFAST DAB (3,3 -diaminobenzidine
tetra hydrochloride, Sigma Aldrich) was added overnight.
After a final PBS washing step slides were mounted in DAPIcontaining mounting medium and analyzed with a Keyence
BZ9000 microscope. The Keyence software counted nuclear
foci in at least 50 cells. Appropriate negative controls were
obtained by staining a replicate slide with the secondary
antibody only.
2.7. Telomere Length Determination. Quantitative PCR of
genomic DNA extracted from mMSCs was done to measure telomeric length [21]. For this purpose, qRT-PCR was
set up using (TTAGGG)n primers detecting the telomere
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sequence and primers for a genomic microsatellite marker
(D14Mit192) for genomic DNA normalization in two separate
reactions. Quantitative real-time amplification was done on a
StepOne+ device (Life Technologies), using the “Power SybrGreen” master mix (including Rox-standard), 2 pmol of each
primer, and 10 ng genomic DNA in a 20 𝜇L reaction volume.
Relative telomeric length was calculated by the delta-delta
CT method, with pooled newborn mouse skin DNA as a
calibrator (set as 100 arbitrary units, AU).
2.8. Triplex Assay to Quantify Viability, Cytotoxicity, and
Apoptosis Induction. Murine MSCs were seeded on 96well plates, irradiated, and incubated in either hypoxia or
normoxia for 7 days. Viability, cytotoxicity, and apoptosis
were assessed in one well using the ApoTox-Glo Triplex assay
(Promega, Madison, WI). In a first step, the cell-permeable
substrate glycylphenylalanyl-aminofluoro-coumarin (GFAFC) is cleaved by live-cell protease activity to generate
a fluorescent signal (400 nm excitation, 505 nm emission)
proportional to the number of living cells. In parallel the
nonpermeable substrate bis-alanylalanyl-phenylalanylrhodamine 110 (bis-AAF-R110; 485 nm excitation, 520 nm
emission) is used to measure dead-cell protease activity,
which is released from cells that have lost membrane
integrity. In a second step, the addition of CaspaseGlo 3/7
reagent results in cell lysis, followed by caspase cleavage
of the substrate and generation of luminescent signal
produced by luciferase. Both fluorescence and luminescence
signals were analyzed in a microplate reader (Infinite
200, Tecan, Männedorf, Switzerland). Positive controls for
necrosis had cells exposed for 6 h to 100 𝜇M ionomycin, and
positive controls for apoptosis had cells exposed to 100 𝜇M
staurosporine for 6 h (both Sigma Aldrich), incubated under
hypoxia.
2.9. Statistical Analysis. All experiments were performed
with at least duplicate technical and biological replicates.
Mean ± standard errors of the mean (SEM) values are
depicted unless stated otherwise. Results were statistically
evaluated with indicated tests by the statistic software
SigmaPlot (Systat Software Inc., San Jose, CA) and SPSS
version 22 (IBM Corp, Armonk, NY). Statistical significance
was accepted at the 𝑝 < 0.05 level.

3. Results
3.1. Oxygen Concentration Affects Long-Term In Vitro Proliferative Potential of Murine MSCs. In line with previously
published studies [22], we observed increased proliferation
of mMSCs in a 2% O2 (hypoxic) environment as compared to
the 21% O2 (normoxic) environment. As the time in culture
progressed, the total cell numbers in hypoxic cultures were
significantly higher as compared to those in normoxic culture
conditions. Representative images show long-term cultured
hypoxic and normoxic mMSCs on day 32 after isolation
(Figure 1(a)).
3.2. Normoxic Culture Condition Reduces Colony Forming
Ability of mMSCs. The reduced cellularity of normoxia
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Figure 1: Effects of oxygen levels on long-term in vitro culturing and colony forming capacity of p53 wild-type mMSCs. (a) Proliferation and
morphology of mMSCs p53wt/wt cultured in hypoxic conditions (2% O2 , left) and in normoxic conditions (21% O2 , right). Representative
images show mMSCs cultured for 32 days. (b) Colony forming ability of mMSCs in hypoxic (upper) and normoxic (lower) atmospheres 14
days after plating 5,000 cells in a 75 cm2 flask. (c) Plating efficiency calculated as mean values of fibroblast colony forming units (CFU-F) per
plated cell ± standard error of the mean (𝑛 = 4) in hypoxic (grey bar) and normoxic (black bar) conditions.

grown mMSC cultures was due to a reduced ability to
form colonies. Thus, clonogenic assays of mMSCs revealed
a tenfold higher number of colonies (2.04%) under hypoxia,
as compared to growth under normal oxygen conditions
(0.21%) (Figures 1(b) and 1(c)) (𝑝 = 0.03, one-tailed paired
Student’s 𝑡-test). These results prove that the clonogenicity of
mMSCs is impaired in normoxic cultures.
3.3. Normoxia Increases the Sensitivity of mMSCs towards
Radiation-Induced Senescence. We have not seen a relevant
increase of necrotic or apoptotic cells using a multiplex
assay with fluorescent GF-AFC/bis-AAF-R100 and luminescent caspase-3/-7 substrates (Supplementary Figure 2),
neither after irradiation nor by normoxia. So we hypothesized that senescence is the key mechanism of decreased
proliferative and loss of colony forming ability of mMSCs
in cultures with ambient oxygen concentration (21% O2 ).
To investigate the possible role of oxygen on senescence

induction, subconfluent mMSC cultures under hypoxic and
normoxic conditions were stained for senescence-associated
𝛽-galactosidase (SA 𝛽-gal) activity. In sham-irradiated cells
that were transferred to normoxic conditions, we observed a
strong increase to 54 ± 1.2% senescent cells, as compared to
31 ± 2.8% in cells kept under hypoxic conditions for the same
time (Figure 2(a)).
Ionizing radiation (IR) is known to generate oxidative
stress in cells [23]. Therefore, we exposed mMSCs maintained
in hypoxic and normoxic conditions to increasing doses of
𝛾-irradiation (0.1 Gy, 0.2 Gy, 0.5 Gy, and 4 Gy). Cells irradiated with a dose as high as 4 Gy exhibited a change in the
MSCs’ typical spindle cell morphology, which might indicate
cellular stress. There was also a much reduced cell growth
of MSCs following 4 Gy irradiation, as measured by lower
cell numbers after 7 days under both oxygen concentrations
(Figure 2(a)). The combination of higher oxygen and IR
significantly increased senescence in mMSCs (𝑝 = 0.003,
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Figure 2: Effects of oxygen levels on sensitivity of p53 wild-type mMSCs for radiation-induced senescence. (a) Green SA 𝛽-gal positive
mMSCs in sham-irradiated (0 Gy) hypoxic (upper left) and in normoxic cultures (upper right) and 7 days after exposure to 4 Gy 𝛾-irradiation
(hypoxia, lower left, and normoxia, lower right). (b) Percentage of cells undergoing senescence in hypoxic and normoxic conditions after
increasing doses of 𝛾-irradiation depicted as mean values ± standard error of the mean (4 biological replicates), radiation dose on logarithmic
scale.

ANOVA). Irradiation could independently cause mMSCs to
undergo senescence (𝑝 = 0.031, ANOVA). Ambient oxygen
concentration was also found to be a crucial factor responsible for increasing senescence in mMSCs (𝑝 = 3.2 × 10−18 ,
ANOVA). All together this suggests that normoxia increases
the sensitivity of mMSCs towards radiation-induced senescence.

3.4. Murine MSCs Grown in Normoxia Have Higher Basal
Levels of DNA Damage and Show a Greater Increase after 𝛾Irradiation. In sham-irradiated mMSCs under hypoxia, most
of the cells showed an absence of 𝛾H2AX foci, with a mean
value of 0.5 (range from 0 to 2) foci per nucleus (Figures
3(a) and 3(b)). The number and the size of the 𝛾H2AX foci
were significantly increased when cells were grown under
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DNA repair after 𝛾-irradiation in mMSC p53wt/wt
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Figure 3: Effects of oxygen levels on the number of repair foci in sham-irradiated and 4 Gy irradiated p53wt/wt mMSCs. (a) Sham-irradiated
(0 Gy) 𝛾H2AX foci formation under normoxic cultures (right upper image) and hypoxic cultures (left upper image) and additionally 90 min
after exposure to 4 Gy 𝛾-irradiation (lower images). (b) Quantification of 𝛾H2AX foci in 50 p53wt/wt mMSC nuclei depicted as mean values ±
standard error of the mean (3 biological replicates).
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We found evidence of higher levels of senescence and DNA
strand breaks to be present in mMSCs when kept under
normoxia (21% O2 ). The transcription factor p53 regulates
a variety of target genes affecting several cellular pathways,
all involved in establishment of both senescence and DNA
damage response [25, 26]. More prominent stabilization of
p53 after irradiation was observed as a feature of mMSCs
incubated under normoxia than under hypoxia (Supplementary Figure 3). Using MSCs from p53−/− mice, we
found that in vitro proliferation was unaffected by normal
oxygen concentration (Figure 5(a)). The plating efficiency as
a measure of clonogenic potential of these cells was higher
(28% ± 3%) than in the p53wt/wt cells (2% ± 0.6%) and it
was unaffected by the oxygen concentration (Supplementary
Figure 4 and Figure 5(b)).

Telomere length determination
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Days in culture
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Figure 4: Effects of oxygen levels on telomeric length. Graph
shows quantitative genomic PCR telomeric length determination
performed with p53wt/wt mMSCs under hypoxic and normoxic
conditions and with a pool of newborn mouse skin DNA as
calibrator (set to 100 arbitrary units, AU). Fitted lines are exponential
regression curves, and the differences are not significant.

normoxic conditions, reaching mean values of 4.0 (range
from 2 to 6) foci per cell.
4 Gy irradiated mMSCs cultured under hypoxia
increased the number of foci per cell to a mean value of 2.3
(range from 0 to 4) foci per nucleus (Figures 3(a) and 3(b)),
indicating ongoing repair. 4 Gy irradiated mMSCs cultured
under normoxia showed massive appearance of 𝛾H2AX foci
with a mean value of 7.5 per nucleus (range from 4 to more
than 20 foci in some cells). These experiments indicate that
normoxia increases the sensitivity of mMSCs towards DNA
lesions when 𝛾-irradiation is applied.
3.5. No Effect of Normoxia on mMSC Telomere Shortening.
DNA damage signaling can also be triggered by dysfunctional, eroding telomeres [24]. Therefore the relative telomere
length of mMSCs growing under hypoxia and under normoxia was measured for 3 weeks in culture (Figure 4). At
the beginning of the culture period, the telomere length in
mMSCs was slightly longer (123 AU to 155 AU) than in the
reference cells (new-born skin fibroblasts, set as 100 AU),
but this declined during in vitro expansion. Within 24 days,
telomere length had decreased to 18 ± 7 AU (normoxia) or
5 ± 5 AU (hypoxia), equivalent to a half-life time of about
7.8 days. Exponential fitting of the time course of telomere
shortening did not yield significant differences in the kinetic
parameter between the hypoxic and the normoxic curve.
3.6. Long-Term In Vitro Proliferative Potential of mMSCs Is
Not Affected by Oxygen Conditions in the Absence of p53.

3.7. Senescence and 𝛾H2AX Repair Foci Formation Are
Reduced in p53−/− Irrespective of Oxygen Levels. In p53deficient mMSCs, the spontaneous frequency of senescence was significantly lower as compared to senescence in
p53wt/wt mMSCs, both under hypoxic growth conditions
(9.8% ± 1.5%), as well as in cells kept in normoxia (7.2% ±
1.8%) (Figure 6(a)). The difference of 2.6% (±3.3%) in the
senescence level between hypoxic and normoxic p53−/−
mMSCs remained unaltered after additional 𝛾-irradiation
(0.2 Gy, 0.5 Gy and 4 Gy), despite the frequency itself being
increased in a similar fashion as in normoxic p53wt/wt cells
(Figure 2(b)).
The number of radiation-induced DNA double strand
breaks (𝛾H2AX repair foci) under both hypoxic and normoxic conditions (0.4 foci per cell were similar to the results
of p53wt/wt cells under hypoxia) is in line with our previous
observations (Figure 6(b)). Basal levels of 𝛾H2AX repair foci
after sham-irradiation (0 Gy) were in the range of hypoxic p53
wild-type mMSCs, with mean values of 0.4 ± 0.08 and 0.5 ±
0.08 foci per nucleus in hypoxia and normoxic conditions,
respectively. After 𝛾-irradiation of 4 Gy, the number of
𝛾H2AX repair foci after 90 min increased significantly to 1.1
(normoxia) or 1.4 (hypoxia) foci per nucleus, representing
highly effective ongoing DNA repair compared to p53 wildtype mMSCs irrespective of oxygen conditions applied. These
results show that p53 is a key factor in modulating both
senescence induction and DNA repair efficiencies in mMSCs.

4. Discussion
Mesenchymal stem cells in their normal physiological state
reside in a stem cell niche with low-oxygen pressure [17, 18].
Since they have a lower metabolic rate than the committed
precursor cells and differentiated cells derived from them
[27, 28], they are less dependent on high oxygen supply.
Considering that their main function is the long-term regeneration of precursor cells of different lineages and hence the
maintenance of a stable genome, a reduction of radical oxygen species (ROS) in a tissue environment with lower oxygen
pressure and low metabolic activity could be beneficial. This
protective hypoxic environment is compromised when MSCs
are isolated and expanded ex vivo but also by exposure to any
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Figure 5: Impact of p53 status on oxygen effect of long-term in vitro culturing and colony formation capacity of mMSCs. (a) Morphology of
mMSCs p53−/− cultured in hypoxic conditions (left image) and in normoxic conditions (right image). Representative images show mMSCs
p53−/− cultured for 20 days. (b) Colony forming ability of mMSCs p53−/− after 14 days in hypoxic (grey bar) and normoxic (black bar)
cultures calculated as mean values of fibroblast colony-forming units (CFU-F) per plated cell (3 biological replicates).

kind of ionizing radiation (IR) in vivo or in vitro. IR has the
capacity to generate ROS- and OH-radicals from intracellular
water, thereby bypassing the otherwise protective hypoxic
stem cell niche [29].
We have shown that growth under ambient oxygen levels
(i.e., 21%) compromises MSC proliferation when compared
to growth under hypoxia (i.e., 2%). This is in line with
observations by others, who suggested using reduced oxygen
cell culture systems [22, 30]. In a therapy model, it has been
shown that transient maintenance of human MSCs in hypoxia
prior to autologous therapy increased their efficacy in the
treatment of idiopathic pulmonary fibrosis, and that this was
accompanied by enhanced survival of the grafted mMSCs
[31].
We have shown here that the impairment of MSC proliferation under normoxia was associated with an increase

in cellular senescence. Senescence would not only preclude
further stem cell expansion but also would hamper the
differentiation capacity of the already existing cells [32].
Senescence can be triggered by various cellular signals: shortened telomeres that bring dividing cells close to the Hayflick
limit [33], accumulated DNA damage [34], or activated
oncogenes [35]. Measuring the average telomere length in
the proliferating MSCs over several weeks in culture showed
a clear reduction with time but no difference between cells
grown under normoxia or low oxygen. We can therefore
exclude that telomere shortening is involved in the oxygen
sensitivity of MSCs.
There was, however, a striking increase in the level of
DNA damage as detected by 𝛾H2AX repair foci in cells that
stopped growing after two weeks in normoxia. We tested the
assumption that DNA lesions are causing senescence in MSCs
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Figure 6: Impact of p53 status on senescence induction and number of DNA repair foci. (a) Graph shows percentage of p53−/− mMSCs
undergoing senescence in hypoxic and normoxic conditions after exposure to 𝛾-irradiation (sham-irradiated = 0 Gy, 3 biological replicates),
radiation dose on logarithmic scale. (b) Quantification of p-𝛾H2AX foci in 50 p53−/− mMSC nuclei depicted as mean values ± standard error
of the mean (3 biological replicates).

by subjecting cells in hypoxia and in normoxia to various
doses of Cs-137 𝛾-irradiation. With 500 mGy, we observed
a significant increase in the frequency of senescent cells
grown in normoxia compared to cells grown under hypoxic
conditions. A radiation dose of this range could be delivered
to long-living stem cells by 25 repeated computer tomography
exposures (20 mGy each) and should warrant ex vivo expansion of MSCs collected from parts of the human body that
might have been exposed to repeated radiation doses in the
past. MSCs kept at 2% low oxygen exhibit signs of senescence
only in 31% of cells as compared to 53% in normoxic cells.
MSCs grown under reduced oxygen not only exhibit a
lower percentage of senescent cells but also responded much
less severe to 𝛾-irradiation. Up to a dose of 500 mGy, the
relative number of senescent cells did not increase above the
control level, and we had to expose the cells with 4000 mGy
to see a slight increase in senescence to 39%. This shows
that the detrimental effects of ionizing radiation on MSCs
proliferation are dependent on a non-physiologically high
oxygen atmosphere (EPHOSS [19]) during ex vivo growth,
which should be avoided while explanting as well as ex vivo
expanding of MSCs in particular from patients who might
have accumulated radiation-induced DNA damage in their
MSCs prior to an autologous therapy.
In vitro expanded hMSCs treated with ROS-inducing
chemical were found to exhibit an increased number of
53BP1-stained DNA repair foci, which in part could be
rescued by adding an antioxidant [36]. This shows that the
potential for induction of damage to the genomic DNA is
greater under high oxygen levels but does not exclude other
cellular targets (such as membranes or mitochondria) as
potential mediators of the effect.

The suggestion that DNA damage induced by nonphysiologically high oxygen and/or ionizing radiation can
act synergistically in causing premature cell senescence was
strengthened by the observation that MSCs with a homozygous deletion in the p53 gene (i.e. the main signal transducer
for DNA damage response) grow considerably faster than
wild-type MSCs, both under normoxia and under hypoxia.
It is interesting to note that p53−/− mice do not show any
defect in the growth or regeneration of mesenchymal tissue,
rather an increased rate of tumors derived from cells of all
germ layers [37]. This suggests that p53 is dispensable for the
normal physiological function of MSCs. On the other hand,
it was shown that hMSCs expanded for a prolonged time in
in vitro hypoxia exhibit a change in their gene expression
profile, in particular for three transcription factors (c-MYC,
p53, and HIF1) that are frequently amplified, mutated, or
overexpressed in cancer [38] and that this led to a higher
transformation frequency after exposure of the cells to NiSO4 .
One suggestion from this observation was that genomic
instability could be the result of forced proliferation and
hypoxia. Our data show, however, that MSCs under hypoxia
rather exhibit less spontaneous DNA strand breaks, therefore
excluding the possibility that hypoxia per se is genotoxic.
But it might be that premature senescence triggered by nonphysiologically high oxygen indeed prevents a malignant progression, albeit on the expense of reduced cell proliferation.

5. Conclusions
We have shown that impaired growth of MSCs under a
normoxic atmosphere ex vivo is associated with accumulated
DNA damage but not with additional telomere attrition. This
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impaired growth causes not only a reduced cell number but
also, due to increased senescence, a loss of stem cell potency.
The observation that radiation-induced DNA damage and
high oxygen atmosphere seem to act synergistically advices
caution not to explant MSCs from regions of the body that
might have been radiation-exposed earlier in life, as for
diagnostic X-ray imaging or therapeutic purposes. It might
even be an option to store MSCs from tissues easily available
early in life, thus sparing them from excess radiation exposure
and having them available as a repository for autologous
organ regeneration later in life.
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Ines Höfig and Yashodhara Ingawale contributed equally to
this work.
[15]

Acknowledgments
The authors would like to acknowledge the contribution of
Daniela Hladik from the Institute of Radiation Biology at
the Helmholtz Center Munich, Germany. This work was
supported by the EU Euratom Project 323267 (RISK-IR).

[16]

[17]

References
[1] M. Owen and A. J. Friedenstein, “Stromal stem cells: marrowderived osteogenic precursors,” Ciba Foundation Symposium,
vol. 136, pp. 42–60, 1988.
[2] A. J. Friedenstein, “Marrow stromal fibroblasts,” Calcified Tissue
International, vol. 56, article S17, 1995.
[3] A. M. DiMarino, A. I. Caplan, and T. L. Bonfield, “Mesenchymal
stem cells in tissue repair,” Frontiers in Immunology, vol. 4,
article 201, 2013.
[4] M. Griffin, S. A. Iqbal, and A. Bayat, “Exploring the application
of mesenchymal stem cells in bone repair and regeneration,” The
Journal of Bone & Joint Surgery—British Volume, vol. 93, no. 4,
pp. 427–434, 2011.
[5] K. Bieback, S. Kern, A. Kocaömer, K. Ferlik, and P. K. Bugert,
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