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Erythrocytes are essential for survival of vertebrates due to
their ability to take up, bind, and transport oxygen. Recent
study clarified that the number of cells in adult human is
∼3.7 × 1013 cells and about 2/3 are erythrocytes (Bianconi
et al. (2013) Ann Hum Biol. 40: 463). Although this fact
indicates the importance of these cells, the following questions still remain: why only mammalian erythrocytes have
no nucleus? And what is the mechanism that works in
enucleation of mammalian erythroblasts? There is no doubt
that we explore answers to these questions in the evolution
of not only vertebrates but also their ancestors. We well
understand that malaria infection and abnormal shape of
erythrocytes are major critical diseases of human erythrocytes. The cause of diseases will be clarified by studies on
the evolutional background of vertebrates. Based on the
evolutional biological background, cellular, biochemical, and
biophysical approach to these problems will lead us to the
response. Standing on the concepts, this special issue is
containing four reviews and two original papers, both of basic
scientific and clinical approaches.
Frog is biologically very interesting animal. They perform
metamorphosis and change habitat from aquatic to terrestrial
during their life cycle. In the young period, they generally

perform metamorphosis from larva with gills to an adult airbreathing form with lungs. Amphibian larvae, tadpoles, live
in freshwaters and breathe with external gills, while the adults
spend most time on land and use lungs. Amphibians also use
their skin as a secondary respiratory surface but some of them
lack lungs and rely entirely on their skin. The earliest amphibians evolved in the Devonian period from sarcopterygian fish
with lungs and bony-limbed fins, features that were helpful
in adapting to terrestrial life. In the field of erythropoiesis, it
is very interesting that amphibian erythrocytes show much
larger size than those of the other vertebrates. S. Maekawa
and T. Kato presented the extensive review of the present
understanding of erythropoiesis in vertebrates, focusing on
erythropoietic responses to environmental stress and pointed
out that diversity to the hematopoietic responses to environmental stress is still not clear. They showed the importance of
regulation pathways of erythropoietin and hypoxia-inducible
factor (HIF) in maturation of the erythrocytes in stress
induced by hypoxia and low temperature.
Thrombocytes (platelets) participate in blood coagulation
to stop bleeding in case of blood vessel injuries. As well as
erythrocytes, mammalian platelets also do not have nucleus.
They develop as fragments of cytoplasm that are derived
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from the megakaryocytes in the bone marrow and then
enter the circulation. These inactive platelets are biconvex
discoid (lens-shaped) structures of 1–4 𝜇m diameter. In the
other vertebrates thrombocytes circulate as intact mononuclear cells. The origin of thrombocytes and erythrocytes in
vertebrates and the regulation mechanism of differentiation
of these cells from stem cells are extremely interesting.
O. Svoboda and P. Bartunek reviewed and summarized
the recent knowledge about the origin and development of
erythrocytes and thrombocytes including regulatory factors
and signal transduction. One of the most interesting issues
in the hematopoiesis is how the erythroblasts exclude their
nuclei and what biological significance of enucleation is.
Erythroblastic island is thought to be essential for maturation of erythroblasts and enucleation is mammalian specific
event. The erythroblastic island consists of macrophage in
its center and erythroblasts located around it. Macrophages
play an important role in erythroblast proliferation and differentiation. This indicates that cell-cell interaction is essential
for erythropoiesis. Macrophages also play an important
role as scavengers of extruded nuclei to avoid producing
autoantibodies. However, the details of biological significance
of erythroblastic island are still to be elucidated. K. M. Giger
and T. A. Kalfa reviewed and discussed the importance of the
macrophages in erythroblast enucleation based on phylogenetic development of erythroblastic islands in mammals.
Heme is essential molecule for the transportation (hemoglobin) and storage (myoglobin) of oxygen. In contrast to the
vertebrates in which hemoglobin in closed in the erythrocytes, the cells specialized in oxygen transport invertebrates
show hemoglobin dissolved in hemolymph. Oxygen level in
atmosphere increased due to photosynthesis by cyanobacteria and oxygen is essential for producing energy (ATP) in
most living beings, and oxygen binding proteins evolved.
The pathway of heme biosynthesis in erythroblasts is very
complex. It takes place in cytoplasm and in mitochondria,
with participation of numerous enzymes, for example, ALAS
(5-aminolevulinic acid synthase). Although the enzymatic
products (intermediate metabolites) are transported through
the mitochondrial membrane, the mechanism and related
molecule(s) are unknown. Mutations in ALAS2 gene cause
microcytic anemia and the appearance of ring sideroblasts
in the bone marrow. T. Fujiwara and H. Harigae reviewed
and discussed the biosynthesis, regulation and transporting
system of heme in mammalian erythroid cells and the
disorders of heme biosynthesis from the clinical point of view.
Malaria infection is very critical problem in the world.
The World Health Organization reports that malaria infection is a life-threatening disease caused by parasites that
are transmitted to people through the bites of infected
mosquitoes. In 2013, 198 million cases of malaria disease
worldwide caused an estimated 584,000 to 755,000 deaths
(World Malaria Report, 2014), mostly among African children. The malaria parasites require invasion to the erythrocytes in its final stage of life cycle in human. The global
warming caused spreading of the mosquito transmitting
Plasmodium falciparum in the world. Although a number
of studies of the malaria infection have been performed,
there are few comparative studies regarding the biophysical
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properties of the infected erythrocytes. E. H. Hayakawa et al.
reported their original data of the difference in zeta potential
of malaria parasite infected erythrocytes in human and
mouse. Based on the relationships between biophysical analysis and images of shape by scanning electron microscopy
(SEM), the authors also discussed the species specificities of
parasite infection to hosts.
Membrane skeleton contains heterotetramers of spectrin
𝛼𝛽 that line the intracellular side of the membrane in
erythrocytes and other eukaryotic cells. Spectrin is bound to
anchoring proteins, protein 4.1R (80 kDa erythrocyte type)
or ankyrin. Protein 4.1R also binds to short actin filament
with spectrin in its middle region and to glycophorin C,
transmembrane protein, and p55 in its N-terminal 30 kDa
membrane binding domain, FERM (four-one, ezrin, radixin,
moesin) domain. Ankyrin anchors spectrin network and
band 3 (anion exchanger (AE) 1), that is, exchange of HCO−
in the cell and Cl− outside of the cells. The biconcave
shape of human erythrocytes is maintained by these protein
interactions. The mutations and disorders of these proteins
cause abnormal shape of the erythrocytes, for example,
hereditary spherocytosis (HS), hereditary elliptocytosis (HE),
and hereditary pyropoikilocytosis (HPP). The establishment
of simple method of diagnosis of these erythrocyte anomalies
facilitates the laboratory examination. Eosin-5-maleimide
(EMA) is a fluorochrome that primarily binds to band 3.
S. Suemori et al. investigated the relationship among decreasing of EMA binding to erythrocytes, electrogram of membrane skeletal proteins by SDS-PAGE, and their shape examined by SEM in 12 patients.
The disorders of erythrocytes are also thought as a “tradeoff” of animal evolution, especially human. About ∼2 × 1011
of erythrocytes per day are produced in adult human, which
means that the same number of erythroblasts excludes their
nuclei and converts to mature erythrocytes. By the insight
of evolutionary biology, we should begin to elucidate the
biological problems which are still unsolved, in order to
advance to the field of the hematological diseases. We believe
that evolutional biology will help to solve the problems of
the origin and development of hematological diseases. We
hope that this special issue will contribute to the modern
knowledge of erythropoiesis in vertebrates.
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Heme is a prosthetic group comprising ferrous iron (Fe2+ ) and protoporphyrin IX and is an essential cofactor in various biological
processes such as oxygen transport (hemoglobin) and storage (myoglobin) and electron transfer (respiratory cytochromes) in
addition to its role as a structural component of hemoproteins. Heme biosynthesis is induced during erythroid differentiation
and is coordinated with the expression of genes involved in globin formation and iron acquisition/transport. However, erythroid
and nonerythroid cells exhibit distinct differences in the heme biosynthetic pathway regulation. Defects of heme biosynthesis in
developing erythroblasts can have profound medical implications, as represented by sideroblastic anemia. This review will focus on
the biology of heme in mammalian erythroid cells, including the heme biosynthetic pathway as well as the regulatory role of heme
and human disorders that arise from defective heme synthesis.

1. Heme Biosynthesis
The mammalian heme biosynthetic pathway includes eight
enzymes (reviewed in [1–5]) (Figure 1). The first and ratelimiting step of this pathway is the condensation of glycine
and succinyl-CoA to form 5-aminolevulinic acid (ALA), a
5-carbon aminoketone, in the mitochondrial matrix. This
reaction is catalyzed by ALA synthase (ALAS). ALAS has
two isozymes encoded by the housekeeping and erythroidspecific ALAS2 genes, which are termed ALAS1 (or ALASN) and ALAS2 (or ALAS-E), respectively. The human genes
encoding ALAS1 and ALAS2 have been mapped on 3p21.1
[6] and Xp11.21 [7], respectively. Whereas heme negatively
regulates ALAS1 expression by directly binding to a CP motif
(described later) [1], ALAS2 expression is strongly induced
during the later stage of erythroid differentiation. The regulatory region of the ALAS2 gene contains transcription factorbinding elements such as CCAAT, TATA, GATA, CACCC,
Sp1, and GATA-1 that are thought to induce erythroidspecific expression of the ALAS2 gene [8, 9]. Furthermore,
the 5 -untranslated region (UTR) of ALAS2 contains an ironresponsive element (IRE) that interacts with iron-responsive

proteins (IRPs), thereby regulating ALAS2 expression at the
posttranscriptional level. Under conditions of iron deficiency,
ALAS2 translation is inhibited by the binding of IRPs to the
IRE; in contrast, IRPs detach from the IRE under conditions
of iron sufficiency, resulting in increased ALAS2 translation
(for the IRP-IRE system, described later).
ALA is exported to the cytosol, where two molecules of
ALA are condensed into the monopyrrole porphobilinogen
(PBG), which is generated by PBG synthase (PBGS). The
PBGS crystal structure is homo-octomeric, and each monomer binds one zinc atom to exert its enzymatic activity [10].
In addition, both housekeeping and erythroid-specific PBGS
mRNAs have been detected. However, these mRNAs differ
only in the 5 -UTR, and thus the housekeeping and erythroid-specific forms of the PBGS enzyme are identical [11].
Four PBG molecules are joined by hydroxymethylbilane
synthase (HMBS) to form the first cyclic tetrapyrrole HMB,
which is then converted to uroporphyrinogen III by uroporphyrinogen synthase (UROS). Uroporphyrinogen III is subsequently decarboxylated by uroporphyrinogen decarboxylase (UROD) to form coproporphyrinogen III. Similar to
PBGS, both housekeeping and erythroid-specific mRNAs
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Figure 1: Heme biosynthetic pathway in erythroid cells. Schematic representation of the heme biosynthetic pathway in erythroid cells. Heme
synthesis begins with the condensation of glycine and succinyl-CoA to form ALA. Next, ALA is transported outside of the mitochondria
and catalyzed to form coproporphyrinogen III. CPOX converts coproporphyrinogen III to protoporphyrinogen IX, which is subsequently
oxidized into protoporphyrin IX by PPOX. Finally, ferrous iron is incorporated into protoporphyrinogen IX to form heme in a reaction
catalyzed by FECH. FECH is localized in the inner mitochondrial membrane and associates with MFRN1 and ABCB10. SLC25A38 and
ABCB10 have been proposed as mitochondrial ALA exporters located on the inner mitochondrial membrane. ABCB6 and TMEM14C have
been proposed as putative coproporphyrinogen III and protoporphyrinogen IX importers, respectively. FLVCR1b is a mitochondrial heme
exporter. Tf-bound Fe3+ is bound to TfR, released into endosome, and reduced to Fe2+ by STEAP3. Subsequently, Fe2+ exits the endosome
via DMT1 and enters the mitochondria via MFRN1. ALAS2: erythroid-specific 𝛿-aminolevulinate synthase, ALA: 𝛿-aminolevulinic acid,
PBGS: porphobilinogen synthase, HMBS: hydroxymethylbilane synthase, UROS: uroporphyrinogen synthase, UROD: uroporphyrinogen
decarboxylase, CPOX: coproporphyrinogen oxidase, PPOX: protoporphyrinogen IX oxidase, FECH: ferrochelatase, MFRN1: mitoferrin 1,
Vit. B6: vitamin B6, SLC25A38: solute carrier family 25 member 38, ABCB10: ATP-binding cassette subfamily B member 10, TMEM14C:
transmembrane protein 14C, FLVCR1b: feline leukemia virus subgroup C receptor, Tf: transferrin, TfR: transferrin receptor, STEAP3: sixtransmembrane epithelial antigen of prostate 3, and DMT1: divalent metal transporter 1. Adapted and modified from [12–14].

exist for HMBS and UROS. The housekeeping HMBS
contains an additional 17 amino acid residues at the amino
terminus as compared to the erythroid form of the protein;
in contrast, the housekeeping and erythroid UROS proteins
are identical.

Coproporphyrin III enters the mitochondria, where it is
oxidatively decarboxylated by coproporphyrinogen oxidase
(CPOX) to form protoporphyrinogen IX. Protoporphyrinogen IX is then oxidized to protoporphyrin IX by protoporphyrinogen oxidase (PPOX). Finally, ferrous iron is inserted
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into protoporphyrin IX by ferrochelatase (FECH) to form
heme. FECH is another rate-limiting enzyme of the heme
biosynthetic pathway. This enzyme exists as a homodimer in
which each subunit contains a [2Fe-2S] cluster that is necessary for the enzymatic activity [15]. In addition, FECH expression is induced during erythroid differentiation, wherein it is
controlled by the Sp1, NF-E2, and GATA elements [16].
Heme biosynthesis, therefore, also relies on the intracellular availability of iron. In erythroid cells, iron is acquired
via transferrin receptor-mediated endocytosis of circulating transferrin-iron (III) (Fe3+ ) complexes. Once internalized, transferrin-bound Fe3+ is released, reduced to Fe2+
by six-transmembrane epithelial antigen of the prostate 3
(STEAP3) [17], exits the endosome via divalent metal transporter 1 (DMT1), and subsequently enters the mitochondria.
The inner mitochondrial membrane protein mitoferrin 1
(MFRN1) plays an important role in supplying iron for
heme biosynthesis as well as iron-sulfur clusters in the
mitochondria [18]. MFRN1 is responsible for iron transport
into the mitochondria, although the presence of another
inner membrane protein, ABCB10, is required to stabilize
MFRN1 [19]. Although the precise role of ABCB10 has yet
to be elucidated, MFRN1 forms a complex with FECH and
ABCB10 that might allow the direct transfer of ferrous iron
for heme and/or iron-sulfur cluster synthesis [20].

2. Transport of Heme and
Porphyrin Intermediates
As described above, heme biosynthetic enzymes are fairly
well understood. However, relatively less is known about
the transport of heme and porphyrin intermediates. The
following describes the recent understanding regarding the
transport of heme and porphyrin intermediates (Figure 1).
Glycine is required for the first step of porphyrin synthesis
and must be transported from the cytosol into the mitochondria. Solute carrier family 25 member 38 (SLC25A38) was
recently identified through the positional cloning of a gene
implicated in nonsyndromic congenital sideroblastic anemia
[21]. Yeast lacking the SLC25A38 ortholog YDL119c exhibits
a defect in ALA biogenesis [21], suggesting that SLC25A38
is required for glycine import. The ability of SLC25A38
and ABCB10 to export ALA from mitochondria has also
been proposed (Figure 1) [3]. Because both SLC25A38 and
ABCB10 are located in the inner mitochondrial membrane,
it remains to be elucidated how ALA could be exported
through the outer membrane. However, extracellular ALA
can be supplied across the plasma membrane for heme
biosynthesis. Among the ALA transporters, SLC36A1 is
abundantly expressed in erythroid cells (Figure 1) [22]. However, the significance of extracellular ALA with respect to
erythropoiesis and normal erythroid differentiation remains
to be elucidated.
In the cytosol, ALA is converted to coproporphyrinogen
III, which is subsequently transported to the mitochondrial
intermembrane space. Several studies have suggested that
adenosine triphosphate- (ATP-) binding cassette, subfamily
B member 6 (ABCB6), which is located in the mitochondrial
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outer membrane, is responsible for coproporphyrinogen III
transport [23, 24]. However, these findings remain controversial because ABCB6 has also been detected in the plasma
membrane, Golgi, and lysosomes [25–27] and is even used
to define the blood group Langereis [28]. In addition, a
defect in ABCB6 can cause inherited developmental defects
of the eye (ocular coloboma) [29] and skin (dyschromatosis
universalis hereditaria) [30]. Nevertheless, ABCB6 expression is obviously induced during erythroid differentiation
[3, 4, 31], suggesting that it may play an important role in
erythropoiesis and indicating a need for further analyses.
Recently, a large-scale screening was conducted to identify mitochondrial proteins that are coexpressed with the
core machinery of heme biosynthesis [31]. One of these
genes, transmembrane protein 14C (TMEM14C), encodes the
mitochondrial inner membrane protein, which is essential
for erythropoiesis in zebrafish and mice [12, 31]. Functional
analyses have suggested the involvement of TMEM14C in
the import of protoporphyrinogen IX into the mitochondrial
matrix for heme synthesis and subsequent hemoglobin production [12]. Despite its essential role during erythropoiesis,
human disorders resulting from defects in TMEM14C have
not yet been identified. Another mitochondrial gene, solute
carrier family 25 member 39 (SLC25A39), is required for
heme synthesis in yeast, zebrafish, and mammalian erythroid
cells [31]. However, the exact role of SLC25A39 in mammalian
erythropoiesis requires further investigation.
In mammals, the membrane protein feline leukemia
virus, subgroup C receptor 1, SLC49A1 (FLVCR1) was recently
identified as a heme exporter. There are two different isoforms
of FLVCR1, FLVCR1a and FLVCR1b, which are expressed on
the plasma membrane and the mitochondria, respectively
[32–34]. Recent studies have revealed that the mitochondrial heme exporter FLVCR1b, which contains shortened Nterminus resulting from an alternative transcriptional start
site (in contrast to originally identified FLVCR1a), is essential
for erythroid differentiation [34]. On the other hand, targeted
disruption of Flvcr1a resulted in skeletal defects and vascular
abnormalities but not anemia, implying that FLVCR1a is
dispensable for erythropoiesis [3]. A closely related homologue, FLVCR2 (SLC49A2), was reported to be ubiquitously
expressed membrane-attached heme importer [35]. However,
the physiological roles of FLVCR2 in erythropoiesis remain to
be elucidated [5].

3. Heme Is Involved in Several Biological
Processes during Erythroid Differentiation
In addition to acting as a prosthetic group in hemoproteins
such as hemoglobin, heme itself might affect several biological processes during erythroid differentiation, including transcription, translation, protein degradation, and microRNA
(miRNA) processing [1, 36, 37]. Heme modifies the function
or localization of its target proteins through direct binding
to CP motifs, which consist of cysteine and proline residues
[1, 36, 37]. CP motif-containing proteins, namely, hemebinding proteins, reportedly include heme activator protein
1 (Hap1), BTB and CNC homology 1, basic leucine zipper
transcription factor 1 (BACH1) and BACH2, ALAS1, ALAS2,
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heme oxygenase 2 (HO-2), iron-responsive element-binding
protein 2 (IRP2), heme-oxidized IRP2 ubiquitin ligase-1
(HOIL-1), and heme regulated inhibitor (HRI) [37, 38].
BACH1 is a basic leucine zipper transcriptional repressor
that can bind members of the small Maf family through its
Maf recognition element (MARE) to form heterodimers [37,
39]. Binding of heme to CP motifs within BACH1 inhibits the
DNA-binding ability of BACH1, induces its dissociation from
small Maf proteins, triggers its export from the nucleus, and
induces its ubiquitination and degradation [39–42]. Therefore, whereas the BACH1-small Maf heterodimer formed
via MARE site binding suppresses target gene transcription,
heme displaces BACH1, allowing small Maf to heterodimerize with nuclear factor, erythroid 2 (p45 NF-E2), or nuclear
factor, erythroid 2-like 2 (NRF2) via the MARE site, resulting
in transcriptional activation [37]. In erythroid cells, BACH1
directly regulates the expression of globins [43] and HO-1
[44], suggesting an important role for BACH1 in erythroid
differentiation as well as heme metabolism. Beyond erythroid
cells, BACH1 also regulates the expression of ferroportin
[45], ferritins [46], and SPI-C, which promotes monocyte
differentiation to iron-recycling macrophages [47], and thus
suggests a role for BACH1 in systemic iron homeostasis.
Other heme regulated transcriptional regulators include
Drosophila melanogaster E75 and its mammalian homologue
Rev-Erb𝛼/𝛽, both of which belong to the nuclear hormone
receptor superfamily and can bind heme via their respective
ligand-binding domains [37, 48, 49].
Heme also controls target gene translation by binding
to the two heme-binding domains of HRI, a known protein
kinase [50]. HRI is autophosphorylated at multiple sites
under conditions of heme deficiency, an essential process for
kinase activity [51, 52]. Under conditions of heme deficiency,
HRI inhibits mRNA translation by phosphorylating the 𝛼subunit of the eukaryotic initiation factor (eIF2𝛼) [50],
whereas an increased heme concentration during erythroid
differentiation inhibits HRI activity, thereby promoting the
translation of 𝛼- and 𝛽-globins [53, 54]. Developing erythroid
cells synthesize enormous amounts of hemoglobin but must
synthesize the correct amounts of globin proteins and heme
because of the intrinsic toxicities of these molecules; for
example, excess globins cause proteotoxicity [54, 55], whereas
free heme is a potent oxidative molecule that can produce
reactive oxygen species (ROS) via the Fenton reaction [56].
Therefore, it appears reasonable to consider that heme contributes to the coordination of globin and heme syntheses.
As previously described, heme participates in transcriptional regulation through binding to BACH1 and inducing
its ubiquitination and subsequent degradation [37, 42], which
can be considered another regulatory action of heme. In addition, the IRP-IRE system has been shown to posttranscriptionally regulate the expression of several mRNAs, including
those encoding ALAS2, transferrin receptor, ferroportin,
DMT1, and ferritin, thus playing an important role in
iron homeostasis (reviewed in [1, 57]). IRPs comprise two
independent proteins, IRP1 and IRP2, the latter of which
predominantly regulates iron homeostasis in vivo [58]. Interestingly, heme binds to IRP2 through the CP motif within
the iron dependent degradation (IDD) domain to induce its
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ubiquitination/degradation [59, 60]. Therefore, the regulatory processes of heme biosynthesis and iron metabolism in
erythroid cells appear to be closely related.
Finally, recent reports have revealed that heme also regulates the processing of a class of noncoding RNAs (ncRNAs)
that includes housekeeping RNAs (rRNAs, tRNAs, and snoRNAs), small and long ncRNAs (<200 and >200 bases, resp.),
small interfering RNAs (siRNAs), PIWI-interacting RNAs
(piRNAs), and miRNAs [61]. miRNAs are now universally
recognized as an extensive and ubiquitous class of regulatory
molecules [62]. Heme binds to the cysteine residue at amino
acid position of 352 of the RNA-binding protein DiGeorge
critical region 8 (DGCR8) and induces the dimerization of
DGCR8, thereby promoting the processing of pri-miRNA
into mature miRNA [63, 64]. Whereas the role of miRNAs
during erythroid differentiation is well understood [65], the
significance of heme-mediated miRNA processing during
erythroid differentiation remains to be elucidated and thus
requires further investigation.

4. Disorders Resulting from Defective
Heme Biosynthesis in Erythroid Cells
Heme is mainly produced by erythroblasts and hepatocytes. Whereas heme negatively regulates the expression
of ALAS1 via a feedback mechanism in nonerythroid cells
(hepatocytes) [1], it does not negatively regulate ALAS2 in
erythroblasts; in fact, heme can promote its own synthesis by
regulating ALAS2 expression through the IRP-IRE system.
Therefore, the regulation of heme biosynthesis should be
considered separately in erythroid and nonerythroid cells. In
addition, a defect in any heme biosynthetic enzyme does not
result in uniform systematic consequences [2]. For example,
defects in PBGS or HMBS impair heme biosynthesis in the
liver, leading to the onset of ALA dehydratase deficiency porphyria (ADP) or acute intermittent porphyria (AIP), respectively, whereas no abnormality is observed in erythroblasts.
On the other hand, defects in FECH or UROS do not severely
impair heme biosynthesis in the liver but instead result in the
onset of erythropoietic protoporphyria (EPP) or congenital
erythropoietic porphyria (CEP). Accordingly, each disorder
is referred to as either hepatic or erythropoietic porphyria.
This review mainly focuses on hematologically relevant
human disorders resulting from defects in heme biosynthesis,
such as sideroblastic anemia and erythropoietic porphyria.
4.1. Sideroblastic Anemia. Sideroblastic anemias are a heterogenous group of syndromic and nonsyndromic disorders
with the common features of mitochondrial iron accumulation in bone marrow erythroid precursors (ring sideroblasts),
ineffective erythropoiesis, increased tissue iron levels, and
varying proportions of hypochromic erythrocytes in the
peripheral blood [13, 66, 67]. Whereas these syndromes
are commonly acquired and predominantly associated with
myelodysplastic syndrome, of which a significant portion
of cases might result from a mutation in the RNA splicing
machinery componentsplicing factor 3b, subunit 1 (SF3B1)
[68], congenital forms of sideroblastic anemia (CSA) have
been reported; it is a rare and heterogeneous disease caused
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Table 1: Genetic features of congenital sideroblastic anemias.

XLSA
XLSA/A
SA/GLRX5
SA/SLC25A38
SA/STEAP3
PMPS
TRMA
MLASA/PUS1
MLASA/YARS2
SIFD/TRNT1

Inheritance
X-linked
X-linked
Recessive
Recessive
?
Maternal∗
Recessive
Recessive
Recessive
Recessive

Chromosome
Xp11.21
Xp13.3
14q32.13
3p22.1
2q14.2
Mitochondria
1q24.2
12q24.33
12p11.21
3p26.2

Gene
ALAS2
ABCB7
GLRX5
SLC25A38
STEAP3
Mitochondrial
SLC19A2
PUS1
YARS2
TRNT1

Treatment
Vitamin B6
—
?
?
—
—
Thiamine
—
—
—

XLSA: X-linked sideroblastic anemia; XLSA/A: X-linked sideroblastic anemia with ataxia; PMPS: Pearson Marrow Pancreas Syndrome; TRMA: thiamineresponsive megaloblastic anemia; MLASA: mitochondrial myopathy and sideroblastic anemia. SIFD: syndromic form of congenital sideroblastic anemia
associated with B-cell immunodeficiency, periodic fevers, and developmental delay. Adopted and modified from [13, 14]. ∗ Sporadic cases are also observed.

by mutations of genes involved in heme biosynthesis (ALAS2,
SLC25A38), iron-sulfur [Fe-S] cluster biosynthesis (ABCB7,
GLRX5), iron reduction (STEAP3), and mitochondrial protein synthesis (mitochondrial DNA, PUS1, YARS2, TRNT1,
and SLC19A2) (described in [20, 66, 67, 69–72]) (Table 1).
4.1.1. X-Linked Sideroblastic Anemia. The most common
form of CSA is XLSA (X-linked sideroblastic anemia), which
is attributed to mutations in the X-linked gene ALAS2 [1,
73]. Defects in ALAS2 result in decreased protoporphyrin
synthesis and subsequent reductions in iron incorporation
and heme synthesis, leading to microcytic anemia and the
appearance of ring sideroblasts in the bone marrow. Typically,
XLSA patients are male and present before the age of 40 years;
however, this disorder occurs across a broad range of ages and
can affect elderly patients [74]. On the other hand, anemia
may also present in heterozygous female carriers, presumably
because of skewed X inactivation or the excessive age-related
skewing that occurs in hematopoietic tissues [75, 76].
Most of the XLSA-associated mutations in ALAS2 are
missense substitutions resulting in loss of functionality [20,
67, 69, 77, 78], whereas mutations in the ALAS2 regulatory
region, such as the promoter [79] and intron 1 [8, 9, 80], lead
to decreased ALAS2 expression. ALAS2 missense mutations
commonly decrease the binding of pyridoxal 5 -phosphate
(PLP, vitamin B6), which is a cofactor for ALAS2 enzymatic
activity, thus accounting for the PLP responsiveness in
XLSA patients carrying such mutations [7, 81]. However,
nearly half of XLSA cases are unresponsive to PLP [13, 82].
In such cases, ALA supplementation might mitigate these
impairments [22]. In our recent preclinical in vitro analysis,
ALA restores defects in ALAS2 deficiency based on human
induced pluripotent stem (iPS) cell-derived erythroblasts
[22]. Because ALA is an endogenous amino acid that has
been shown to be safe in clinical settings [83], it might be
considered to administer ALA in patients with XLSA who are
refractory to PLP supplementation.
4.2. Erythropoietic Porphyria. Erythropoietic porphyria
includes both erythropoietic protoporphyria and congenital

erythropoietic porphyria. The former comprises two variants,
erythropoietic protoporphyria (EPP) and X-linked protoporphyria (XLPP), and is classified among the cutaneous porphyrias characterized by the accumulation of protoporphyrin
IX, which results in photosensitivity. EPP and XLPP are
clinically indistinguishable but result from the mutations of
different genes: FECH and ALAS2, respectively.
4.2.1. Erythropoietic Protoporphyria (EPP). EPP is an inherited disorder caused by a partial deficiency in FECH activity
[2, 84]. In this disorder, protoporphyrin accumulates in the
erythroblasts and is subsequently taken up by the liver and
skin. Cutaneous photosensitivity characteristically begins in
childhood in the absence of neurological involvement [2, 84].
Liver damage is observed in patients with severe symptoms
[84]. In addition, hypochromic microcytic anemia occurs
in 20–60% of cases [85], and ring sideroblasts may be
observed [86]. Elevated levels of erythrocyte protoporphyrin
are observed. However, in contrast to iron deficiency anemia
and lead poisoning, in which the increased erythrocyte protoporphyrin is chelated with zinc, erythrocytic protoporphyrin
in EPP remains in a free state [87].
The inheritance of EPP is considered autosomal recessive
but is a bit unusual. In most patients, EPP results from
the coinheritance of a specific FECH mutation in trans
with a hypomorphic low-expression FECH polymorphism
(IVS3-48C) [88]. The IVS3-48C allele of this polymorphism
increases the use of an aberrant splicing site that may
contribute to disease onset [89]. Ethnic differences have been
reported in the frequency of the IVS3-48C allele; specifically,
the frequency of this allele differs widely among Japanese
(43%), southeast Asian (31%), white French (11%), North
African (2.7%), and black West African (<1%) populations
[89].
Besides avoiding exposure to sunlight, the treatment
for EPP includes the oral administration of 𝛽-carotene
and afamelanotide, transfusion of cholestyramine red cells,
and, in severe cases, liver transplantation [2, 90]. Low-dose
intravenous iron therapy may also be effective [91].
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4.2.2. X-Linked Protoporphyria (XLPP). XLPP is a clinically
indistinguishable X-linked form of EPP caused by gain-offunction mutations in ALAS2 [92]. This gain-of-function
of ALAS2 increases protoporphyrin IX production in the
context of normal FECH activity, the latter of which becomes
rate-limiting and presumably leads to the onset of the EPPlike disease phenotype. In contrast to EPP, in XLPP the
erythrocyte levels of both zinc protoporphyrin and free
protoporphyrin are increased. This disease is similar but
not identical to that described in Irp2−/− mice, which are
characterized by the overexpression of ALAS2 consequent to
the loss of IRP2-dependent translational repression [93].
Mutations of ALAS2 include c.1706-1709 delAGTG
(p.E569GfsX24) and c1699-1700 delAT (p.M567EfsX2),
which result in frameshifts that cause replacement or
deletion of 19-20 carboxy-terminal residues from ALAS2
[93]. Recently, the novel ALAS2 mutations c.1734 delG
and c.1642 C >T (p.Q548X) have been identified [94]. The
treatment of XLPP is similar to that of the biochemically and
phenotypically similar EPP.
4.2.3. Congenital Erythropoietic Porphyria (CEP). CEP is an
autosomal recessive erythropoietic porphyria characterized
by severe photosensitivity and hemolytic anemia [2]. This
disease results from a mutation in the UROS gene, and recent
work has suggested that an accompanying gain-of-function
mutation in ALAS2 could modify the disease severity [95].
In addition, an X-linked form of CEP has been reported in
which a trans-acting GATA-1-R216W mutation contributes to
the onset of CEP [96].

5. Conclusion
Elucidation of heme biology in the mammalian erythroid cell
would provide an important insight to understand and to get
more efficient targets for the human disorders that arise from
defective heme synthesis.
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Erythroblastic islands are a hallmark of mammalian erythropoiesis consisting of a central macrophage surrounded by and
interacting closely with the maturing erythroblasts. The macrophages are thought to serve many functions such as supporting
erythroblast proliferation, supplying iron for hemoglobin, promoting enucleation, and clearing the nuclear debris; moreover,
inhibition of erythroblastic island formation is often detrimental to erythropoiesis. There is still much not understood about the
role that macrophages and microenvironment play in erythropoiesis and insights may be gleaned from a comparative analysis
with erythropoietic niches in nonmammalian vertebrates which, unlike mammals, have erythrocytes that retain their nucleus. The
phylogenetic development of erythroblastic islands in mammals in which the erythrocytes are anucleate underlines the importance
of the macrophage in erythroblast enucleation.

1. Introduction
The terminal differentiation of mammalian erythroblasts to
produce red blood cells (RBCs) occurs in specialized niches
of the fetal liver, bone marrow, and spleen called erythroblastic islands (Figure 1). Florence Rena Sabin, Professor of
Histology in the Johns Hopkins Medical School and the first
woman to be elected in the United States National Academy
of Sciences, described almost a century ago the origin of the
red blood cells from erythroblasts in the chicken yolk sac and
rabbit bone marrow [1]. In her microscopy images of bone
marrow histological sections, she notes that the erythroblasts
are arranged “in groups” [2]. Bessis, French hematologist
and researcher, demonstrated first in 1958 using electron
microscopy that the groups of erythroblasts surround a
central macrophage and portrayed the erythroblastic island
(EBI) as the erythropoietic niche where erythroblasts mature
and eventually are enucleated to produce reticulocytes [3].
These islands in the hematopoietic tissues of rodents
and humans have since been the subject of several studies
and of excellent reviews [4–6] but their precise role in
erythropoiesis is still under debate. The macrophages may

provide iron for hemoglobin synthesis and growth signals
to regulate erythroblast proliferation and survival and likely
play a role in enucleation of both primitive and definitive
erythrocytes. The erythroblast-macrophage interaction has
been demonstrated to be an important factor for successful
erythropoiesis both in vivo and in vitro and understanding
the role of the macrophage in this process is important for
improving in vitro culture systems for mass production of
RBCs to be utilized as transfusion resources. Insights may
be found by looking at requirements for erythropoiesis in
other species, especially those in which mature erythrocytes
are not enucleated. In this review, we will discuss the role
that macrophages and erythroblastic islands may play in
erythropoiesis along mammalian development and across the
animal kingdom.

2. Ontogeny of Erythroblastic
Islands in Mammals
The initial wave of “primitive” RBC production originates
in the embryonic yolk sac. In mouse embryos, erythroid
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Figure 1: Imaging of erythroblastic islands. (a) Confocal immunofluorescence image of adult mouse bone marrow. The long bones were
flushed and the marrow gently dispersed and fixed before staining with AF488-conjugated F4/80 (green) and AF647-conjugated Ter119 (red)
antibodies and DAPI for nuclear stain (blue). Scale bar 10 𝜇m. (b) Transmission electron microscopy (TEM) image of an erythroblastic island
in an E14 mouse fetal liver. Scale bar 10 𝜇m.

precursors still immature enter the bloodstream as vessels are
created in embryonic day 8.25 (E8.25) soon after the onset of
cardiac contractions and differentiate as a semisynchronous
cohort while in circulation [7, 8]. A second transient wave
of “definitive” erythroid progenitors from the yolk sac also
enters the bloodstream and seeds the liver of the fetus. In
parallel, at ∼E10.5, hematopoietic stem cells from multiple
sites within the embryo, including the para-aortic splanchnopleura, the aorta-gonad-mesonephros (AGM) region, other
large arteries (vitelline and umbilical), and the placenta, also
seed the liver [7, 9–12]. The fetal liver is recognized as the first
site of adult-type “definitive” erythropoiesis, and it is the first
site where erythroblastic islands with a central macrophage
are identified. Sequentially, postnatally in mice or during
the second trimester of intrauterine life in humans, EBIs
are found throughout the bone marrow in mammals, the
hematopoietic tissue where homeostatic adult erythropoiesis
takes place. They also appear within the red pulp of the
spleen and other sites of extramedullary hematopoiesis [13,
14] indicating that the microenvironment they comprise
is important not only for steady state, but also for stress
erythropoiesis.
Although it was once thought that EBIs were located near
the sinusoids for convenient egress of reticulocytes into the
circulation analogous to the positioning of megakaryocytes
to facilitate platelets entrance [15, 16], detailed ultrastructural studies have shown that EBIs are actually distributed
throughout the marrow as well as the fetal liver [17–19]. In
normal homeostatic bone marrow, erythroblasts in a given
island are typically of various differentiation stages. However, with a brilliant experimental design of suppression of
erythropoiesis in rats with hypertransfusion and subsequent
stimulation with exogenous erythropoietin (EPO), Mohandas and Prenant showed by EM studies in serial sections that
the erythroblasts within an island may arise from a common
precursor and mature as discrete synchronized clusters which

cannot be observed in the more densely packed steadystate bone marrow [17]. Yokoyama et al. observed in EM
studies of rat marrow that orthochromatic erythroblasts
were found more frequently at EBIs near the sinusoids and
that proerythroblasts were often found further away [18].
Based on their observations, they propose that erythroblastic
islands form away from the sinusoid and either the whole
island or only the erythroblasts migrate towards the sinusoid
as erythroid maturation proceeds [18] though this hypothesis
has not yet been confirmed experimentally.
The role that erythroblastic islands and the central
macrophages play in erythropoiesis is not completely understood and yet it is clear from decades of studies that functional
interaction between erythroblasts and macrophages is indispensable for optimal erythroid maturation and enucleation.
One long-suspected role of the central macrophages is that
they export ferritin which is taken up by the erythroblasts
and used for hemoglobin synthesis [20]; this was recently
demonstrated in a transferrin-free human coculture system
[20, 21]. Although it is still unclear how much this function
contributes to erythropoiesis in vivo, increasing evidence is
accumulating on the role of “nurse” macrophage in iron
trafficking towards the maturing erythroblasts [22].
Erythroid differentiation at islands is regulated via a
number of mechanisms including the release of soluble
factors which mostly exert paracrine effects and through
direct cell-cell interactions. Macrophages secrete a number
of factors which negatively regulate erythropoiesis including
IL-6, TGF-𝛽, TNF-𝛼, and INF-𝛾 [23–25]; alternatively, they
can promote BFU-E and CFU-E growth through secretion
of insulin-like growth factor and erythroid burst-promoting
activity (BPA) [4, 26]. In response to EPO, erythroblasts
secrete Gas6 which enhances survival response to EPO
receptor signaling and decreases inhibitory signaling from
the macrophages [27]. Erythroblasts have also been shown
to secrete angiogenic factors VEGF-A and PDGF which

BioMed Research International
may modulate erythroblast interactions with the endothelium to facilitate their egress from the niche [28]. Direct
cell-cell interactions also regulate erythropoiesis within the
islands. The expression of death receptor ligands on more
mature erythroblasts leads to caspase-mediated degradation
of GATA-1 which inhibits the expansion and differentiation
of immature erythroblasts [29, 30]. Alternatively, adherence
of erythroblasts to macrophages has been shown to increase
erythroblast proliferation and decrease apoptosis [31], and to
this end, the central macrophages are always observed to be in
close contact with the erythroblasts often cupping them with
thin cytoplasmic extensions [17, 18]. Several surface receptors
are known to mediate these interactions. Integrin 𝛼4 𝛽1
expressed on erythroblasts mediates multiple interactions
via binding with VCAM-1 on the central macrophage and
ICAM4 on neighboring erythroblasts [32, 33]. Deletion of
ICAM4, which is also shown to interact with macrophage
integrin 𝑎𝑉, resulted in decreased island formation but had
little effect on steady-state erythropoiesis [33]. However,
blocking 𝛼4 𝛽1 with antibodies decreased cell proliferation
and increased apoptosis in vitro [34] and embryos null for
integrin 𝛼4 die in utero after the 12th embryonic day (E12)
due in part to inefficient erythropoiesis [35]. Erythroblast
Macrophage Protein (EMP or MEAE) is expressed on both
the central macrophage and the maturing erythroblasts and
mediates an interaction between them [36]. Blocking this
interaction in vitro led to increased apoptosis and failed erythropoiesis [36]. It was later observed that EMP expression
on the central macrophage was required for its interaction
with erythroblasts while EMP on the erythroblasts appeared
to be required for their enucleation [37]. The heme scavenger
CD163 was shown to form a direct interaction with erythroid
cells and promote their proliferation in rat and human
erythroid cultures [38], but the complementary receptor on
the erythroblast is not yet known.
Lastly, the central macrophages promote erythroblast
enucleation and phagocytose and digest the extruded nuclei.
The process of enucleation is not completely understood yet
but it is proposed to be a form of asymmetric cytokinesis
[39–41]. Macrophages are believed to promote the process
and they significantly increase the efficiency of enucleation in
murine and human erythropoiesis cultures [42, 43]. Human
CD34+ cultures in the absence of microenvironment (i.e.,
stromal cells or macrophages) are generally enucleated with
suboptimal efficiency, ranging from <10% to as much as 40–
50% [43]. On the other hand, when cocultured with stromal
cells or macrophages, nearly complete enucleation is achieved
[44, 45]. Macrophages are also required to phagocytose and
digest the extruded nucleus [46]. Polarization of the cell
precedes enucleation and studies have confirmed sorting of
red cell cytoskeletal and membrane proteins to one side while
the nucleus is pushed to the other side and eventually is
separated from the cell surrounded by membrane and a small
rim of cytoplasm. The expelled nucleus, or pyrenocyte, is
rapidly engulfed by the macrophage owing to its externalization of phosphatidylserine [47] and presence of adhesive
receptors which are sorted with the nucleus [48]. Meanwhile,
the consequent decrease of adhesive proteins on the nascent
reticulocyte ensures successful detachment from the niche
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and entry into the circulation via the sinusoids. The central
macrophages express high levels of DNase II which allows
them to break down the nuclear material. Transgenic mice
with DNase II deficiency develop fatal intrauterine anemia,
associated with decreased erythroblastic island interactions,
which suggests that the recycling of the nuclei is an important
factor that regulates erythropoiesis in a non-cell-autonomous
way [49].

3. Phylogeny of Erythroblastic Islands
The only reported role of the macrophage in primitive mammalian erythropoiesis appears to be assisting with the enucleation. Primitive RBCs are enucleated by nuclear extrusion to
generate erythrocytes and pyrenocytes after association with
macrophages in the erythroblastic islands of the fetal liver
[51]. Thus, we could expect erythroblastic islands to play little
or no role in erythropoiesis of nonmammalian vertebrates
(birds, reptiles, amphibians, and fish) which have nucleated erythrocytes circulating throughout embryogenesis and
adulthood. Some exceptions have been reported in this rule:
anucleate erythrocytes have been found in some species of
salamander (Plethodontidae) [52] and in one teleost fish
species (Maurolicus muelleri) [53]. In these cases, however,
much variability in size and shape of RBCs is observed along
with free nuclei and evidence indicates that the anucleate
erythrocytes are produced by mechanical rupture of the cells
after twisting in circulation through capillaries too narrow for
their nuclear size [53, 54].
Despite the primitive (nucleated) appearance of the circulating adult nonmammalian RBCs, there are also two waves
of erythropoiesis in nonmammalian vertebrate embryos. In
almost all vertebrates, embryonic hematopoiesis originates
from the yolk sac; in the teleost species of the bony fishes
(osteichthyes) embryonic erythroid cells form in a distinct
dorsal-lateral compartment of the embryo known as the
intermediate cell mass of Oellacher [55]. Primitive erythroid
cells can be distinguished in nonmammalian vertebrates
based on their larger size and expression of embryonic
globins similarly to mammalian primitive erythroids. Very
little has been described on the role, if any, of macrophages
in erythropoiesis in nonmammalian vertebrates. Moreover,
presence of erythroblastic islands with a central macrophage
is not reported in nonmammalian embryos or adult organisms. We will account briefly here for the topography of erythropoiesis in the ontogeny of nonmammalian vertebrates in
order to point to some interesting differences and similarities
with mammalian erythropoiesis.
Avian erythropoiesis initiates in the yolk sac and then
sequentially moves to the liver and spleen and then to the
adult bone marrow. The bone marrow erythropoiesis occurs
within the sinusoids, while granulopoiesis occurs within
the extrasinusoidal space of the bone marrow; granulocyte
precursors are never seen with the erythroblasts (also known
as rubriblasts). The sinuses are lined by endothelial cells
which interact with the maturing erythroblasts, presumably
keeping them from entering the circulation prematurely
and possibly participating in the regulation of erythroid
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maturation [56]. As rubriblasts mature, the nuclear size
decreases, the chromatin becomes increasingly condensed,
and the amount of cytoplasm increases along with the cellular
hemoglobin concentration. In avian erythrocytes the cell and
nuclear shape change from round to ellipsoid in the end
of terminal maturation, and there is significant decrease or
complete loss of the intracellular organelles like ribosomes
and mitochondria [57].
Erythropoiesis in adult reptiles also occurs within the
lumen of the bone marrow sinuses, indicating that the erythroblasts mature within the marrow vascular space [58]. Of
note, the mature reptilian erythrocytes are often larger than
the immature erythroid precursors—a distinctive difference
compared to mammals [59]. Amphibians have the largest
erythrocytes in the animal kingdom (Figure 2) and, along
with reptiles, have also typically longer erythrocyte lifespans
than avians and mammals, which additionally increases
during brumation when the metabolic activity is lower [55].
The primary site for larval erythropoiesis in most amphibians
is the kidney, with the liver playing a minor role. Adult
erythropoiesis mostly occurs intravascularly in the spleen,
with some participation of the kidney, liver, and bone marrow
[60, 61]. Bone marrow as a hematopoietic organ appears phylogenetically only in the most evolved Urodeles (amphibians
with tails) and only lymphopoiesis and granulopoiesis take
place there. Medullary erythropoiesis occurs in the other
amphibian order, the Anurans (e.g., toad and frog), especially
during heightened hematopoiesis following metamorphosis
or hibernation, making this a phylogenetic turning point
in the animal kingdom [60]. Maturation of the erythrocyte
in the circulation is typical (especially in Urodeles) and
involves a change in cell shape from round to ellipsoid
which is maintained by the cytoskeleton, while proliferation
of erythroid precursors in circulation can be induced by
splenectomy or hemolysis [60].
About 27,000 species comprise the vertebrate group of
fish. The vast majority (>26,000) of these belong to the
class of bony fish (osteichthyes) and more than 600 to the
cartilaginous class (chondrichthyes). The rest are 100 species
of jawless fish (agnathans), the lamprey, and hagfish classes.
The diversity among and even within classes limits the
ability to make generalizations about this group. The best
described fish species with regard to hematopoiesis is the
zebrafish (Danio rerio), a member of the teleost group of
bony fish, which has been established as a powerful animal
model for the study of erythropoiesis and anemia [62].
Primitive hematopoiesis in zebrafish originates in the yolk
sac and the anterior and posterior intermediate cell masses
(ICMs), whereas the aorta-gonad-mesonephros- (AGM-)
like region, caudal hematopoietic tissue (CHT), thymus,
and pronephros (a discrete anterior “kidney” with renal
interstitium entirely devoted to hematopoiesis) are the sites
of definitive hematopoiesis [62]. Minor hematopoietic components are found in the liver, intestines, and thymus; there is
no bone marrow or lymph nodes [55, 63]. During primitive
hematopoiesis between 12 and 24 hours postfertilization,
macrophages are the main cell type developing within the
anterior ICM, whereas the posterior ICM develops primarily
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into erythroid and some myeloid cells [62]. Primitive erythroid cells are closely associated with endothelial cells [64].
Macrophage precursors from the anterior ICM migrate to
the yolk sac to differentiate. Many macrophages resist the
blood stream while in the yolk sac and are anchored to the
underlying yolk syncytial layer or to the basal lamina of
the overlying ectoderm, seemingly oriented towards the site
of arrival of the proerythroblasts. Herbomel et al. showed
with high-resolution time-lapse DIC video microscopy that
macrophages in the yolk sac stop the proerythroblasts as they
enter, touch them, and in some cases almost engulf them,
apparently performing a lengthy interaction and/or inspection for approximately 1 hour, and then release them back into
circulation [65]. Like the mammalian and other nonmammalian vertebrate RBCs, the fish erythrocytes as they mature
accumulate newly synthesized hemoglobin which appears as
amorphous, homogeneous material in the cytoplasm, and
although they remain nucleated, they lose their internal
organelles, including nucleoli, Golgi complex, ribosomes,
mitochondria, lysosomes, and degenerated organelles [66],
indicating that organelle loss is not necessarily associated
with the enucleation process.
In summary, sites of hematopoiesis shift during ontogeny
and phylogeny and in lower vertebrates include a wide
variety of organs, from the kidney and spleen to the thymus,
gonads, and the brain. In many species, blood development is often compartmentalized with erythropoiesis and
thrombopoiesis occurring intravascularly and lymphopoiesis
or granulopoiesis occurring extravascularly; in lower vertebrates (fish and the less evolved amphibians) this compartmentalization frequently involves different organs [55, 67].
The various hematopoietic tissues often resemble the organization and function of the mammalian bone marrow (stromal layer, reticular network, sinusoids, and even adipocytes
in some cases). An impressive difference, however, is the
absence of macrophages in nonmammalian erythropoiesis
as a stable central component within erythroblastic islands.
The single most significant difference between mammalian
and nonmammalian RBCs is that mammalian RBCs have
been produced after an active process of enucleation. The
teleological reasons of erythroblast enucleation in mammals
likely correlate with evolution demanding higher oxygen
delivery due to increased aerobic metabolic demands, in
organisms with relatively big genome size [54]. A strong
positive relationship has been noted among vertebrates
between genome size and nuclear size as well as cellular
volume. This would extend to RBC volume, if the RBCs
would retain their nucleus as is the case in nonmammalian
vertebrates [68]. There is a reverse relationship between RBC
size and metabolic rate among different groups of vertebrates:
for example, amphibians display the largest genome sizes
and blood cells along with a low metabolic rate while
birds have relatively small genome size and RBC size with
a high metabolic rate [69] (Figure 2). Enucleation allows
disconnection between genome size and metabolic rate since
it allows a higher surface-to-volume ratio, increased rate of
gas exchange, and increased efficiency of oxygen delivery
by the enucleated RBCs. The phylogenetic association of
enucleation with the presence of erythroblastic islands with
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Figure 2: Phylogenetic view of RBC in vertebrates. This drawing is from a classic report by Gulliver (1875) [50]. (This image is in the public
domain because its copyright has expired for all countries with a copyright term of life of the author plus 70 years.)
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a central macrophage appears to support the significance
of macrophage-erythroblast interaction for efficient enucleation.
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Flow cytometric test for analyzing the eosin-5-maleimide (EMA) binding to red blood cells has been believed to be a specific
method for diagnosing hereditary spherocytosis (HS). However, it has been reported that diseases other than HS, such as hereditary
pyropoikilocytosis (HPP) and Southeast Asian ovalocytosis (SAO), which are forms in the category of hereditary elliptocytosis
(HE), show decreased EMA binding to red blood cells. We analyzed EMA binding to red blood cells in 101 healthy control subjects
and 42 HS patients and obtained a mean channel fluorescence (MCF) cut-off value of 36.4 (sensitivity 0.97, specificity 0.95). Using
this method, we also analyzed 12 HE patients. Among them, four HE patients showed the MCF at or below the cut-off value. It
indicates that some HE patients have decreased EMA binding to red blood cells. Two of these four HE patients were classified as
common HE, and two were spherocytic HE with reduced spectrin. This study demonstrates that, in addition to patients with HPP
or SAO, some HE patients have decreased EMA binding to red blood cells.

1. Introduction
Eosin-5-maleimide (EMA) is a fluorochrome that primarily
binds to band 3 of red blood cell membrane proteins. EMA
binding decreases in hereditary spherocytosis (HS), which is
considered to be a useful finding for the diagnosis of HS [1–
6]. Moreover, among patients with red blood cell membrane
abnormalities other than HS, some patients with hereditary
pyropoikilocytosis (HPP) and Southeast Asian ovalocytosis
(SAO), which are forms of hereditary elliptocytosis (HE), also
show decreased EMA binding to red blood cells [7, 8]. The
etiology of HE includes abnormalities in membrane proteins
involved in formation of the membrane structure, including
spectrin, protein 4.1 (P4.1), and glycophorin C. HE is basically
classified into 5 forms: common HE, spherocytic HE, HPP,
SAO, and HE with X chromosome abnormality, based on
differences in pathological conditions [9]. There have been
few studies examining EMA binding to red blood cells in the
HE patients, other than HPP and SAO, and the results are
variable [1, 3–5]. We analyzed EMA binding to red blood cells

in 12 HE patients observed in our department and examined
the relationship between the types of HE and EMA binding
to red blood cells.

2. Subjects and Methods
All red blood cells were obtained following informed consent.
And all patients gave written informed consent. The study
involved 12 HE and 42 HS patients examined in our department between December 2008 and June 2012; 101 healthy subjects were used as a control group. A diagnosis of HS and HE
was based on a complete blood count, biochemical analysis,
family analysis, red blood cell morphology using scanning
electron microscopy (SEM), red blood cell membrane protein
analysis using sodium dodecyl sulfate-polyacrylamide gel
electrophoresis (SDS-PAGE), and EMA binding to red blood
cells. The analyses of all 12 HE patients were requested by
other institutions. And the osmotic fragility test was not
performed in any patients at client institutions. This study
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was approved by the Research Ethics Committee of Kawasaki
Medical School and Hospital.

40.00
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2.1. Evaluation of Peripheral Red Blood Cell Morphology.
Fresh venous blood was drawn to evaluate red blood cell
morphology from peripheral blood. A sample was fixed
with 0.1 M phosphate buffer with 1% glutaraldehyde (pH
7.4) and observed using a scanning electron microscope (S3400N, HITACHI High-Technologies Corporation). HE can
be largely classified into either rod-shaped or ovalocytic based
on differences in the degree of red blood cell ovalization.
In this study, red blood cells with long diameter/short
diameter ≥2 were defined as rod-shaped, those with long
diameter/short diameter <2 were defined as ovalocytic, and
the percentages of the rod-shaped and ovalocytic types in 100
randomly observed red blood cells were calculated.
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2.2. Analysis of EMA Binding to Red Blood Cells. Based on the
original method of King et al. [1], red blood cells were washed
with phosphate buffer saline (PBS) four times in a microtube;
after that, 5 volumes of EMA (5 mg/mL) were added to 1
volume of packed red blood cells, and the sample was mixed
well. It was then incubated for 1 hour at room temperature in
the dark to allow EMA to bind to the red blood cells. After
EMA binding, the sample was centrifuged at 13,000 rpm for
10 seconds, the supernatant was removed, and the sample
was washed with 0.5% bovine serum albumin (BSA)/PBS.
After repeating this procedure three times, the sample was
diluted in a 0.5% BSA/PBS in a final ratio of 14 : 1 packed
red blood cells. Thereafter, flow cytometry was performed
using the FL-1 channel at an event count of 15,000 using
a FACSCalibur Flow Cytometer (Becton Dickinson), and
fluorescence intensity values were obtained as mean channel
fluorescence (MCF). MCF was measured three times for each
sample, and the mean value was used.
2.3. Preparation of Red Blood Cell Ghost. Red blood cell
ghosts were prepared according to the method of Dodge
et al. [10]. Ethylenediaminetetraacetic acid (EDTA) and
phenylmethylsulfonyl fluoride (PSMF) were added as protease inhibitors to lysis buffer (5 mmol/L Na2 HPO4 , 1 mmol/L
EDTA, and 0.2 mmol/L PMSF [pH 8.0]). After washing three
times with 0.9% NaCl, 30 volumes of lysis buffer were added
to 1 volume of packed cells, which was allowed to stand for
5 minutes at 4∘ C to perform hypotonic hemolysis. Then, the
sample was centrifuged at 30,000 ×g for 10 minutes at 4∘ C to
separate red blood cell membrane protein and hemoglobin;
and the hemoglobin component in the supernatant was
removed by aspiration. These steps were repeated six to seven
times to extract the red blood cell white ghost, which was used
as a red blood cell membrane protein sample for subsequent
examinations.
2.4. Separation and Evaluation of Red Blood Cell Membrane
Protein. Each red blood cell membrane protein fraction
was separated by SDS-PAGE using the Fairbanks technique
[11] (3.5% to 17% exponential gradient gel: acrylamide =
35 : 8). After SDS-PAGE, each membrane protein fraction

Healthy subjects

HS

HE

Figure 1: EMA binding in healthy subjects, HS patients, and HE
patients. MCF in healthy subjects = 39.2 ± 1.6 (𝑛 = 101), MCF in HS
patients = 28.8 ± 3.8 (𝑛 = 42), and MCF in HE patients = 35.6 ± 3.3
(𝑛 = 12) (MCF cut-off value: 36.4).

was identified by staining the gel with Coomassie brilliant
blue R-250. After the gel was dried, the absorbance of each
band was measured using densitometer (GS-800 Calibrated
Densitometer, Bio-Rad). Then, results were analyzed by
Quantity One software (Bio-Rad). Each band, representing
a membrane protein fraction, is presented as a ratio to the
combined density of the total membrane fraction (bands 1–7).
Membrane protein deficiency was determined when patients
had ≥10% and ≥2 standard deviation difference relative to
the mean stain density for each fraction in healthy control
subjects (𝑛 = 3); controls were run on the same gel as
the study subjects. Protein concentration was measured at
655 nm using the DC Protein Assay Kit (Bio-Rad) based on
the Lowry technique, and 25 𝜇g of red blood cell membrane
protein was used for electrophoresis [12].
2.5. Statistical Analysis. Significant differences were tested
by the Mann-Whitney 𝑈 test. Analysis and construction of
receiver operating characteristic (ROC) curves were accomplished using SPSS Statistics version 20.0 (IBM).

3. Results
3.1. Analysis of EMA Binding to Red Blood Cells in Healthy
Subjects, HS Patients, and HE Patients. Using ROC curves
of MCF values for EMA binding to red blood cells, the cutoff value in HS patients was 36.4 (sensitivity 0.97, specificity
0.95). MCF values below this value were defined as decreased
EMA binding to red blood cells. Four of 12 HE patients
showed decreased EMA binding (Figure 1, Table 1).
3.2. Association between EMA Binding and HE Types (Table 1).
Based on SEM findings, elliptocytes were present in addition
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Table 1: List of HE Patients.
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Figure 2: SEM images and results of SDS-PAGE gels of HE patients with decreased EMA binding to red blood cells. (a) SEM image and
SDS-PAGE of Family A (case 1, case 2). SDS-PAGE: proband (case 1): spectrin 14.2% reduction, mother (case 2): spectrin 14.5% reduction.
(b) SEM image and SDS-PAGE of case 3. SEM: ovalocytic type and rod-shaped type were observed. SDS-PAGE: no membrane protein
abnormality detected. (c) SEM image and SDS-PAGE of case 4. SEM: many rod-shaped types were observed. SDS-PAGE: no membrane
protein abnormality detected.

to the findings observed in HS such as spherocyte development and decreased spectrin in cases 1 and 2. So these cases
were diagnosed with spherocytic HE, not HS (Figure 2(a)).
These two cases demonstrated decreased EMA binding to red
blood cells.
SEM findings also showed that 10 other HE patients had
common HE. Among them, two showed decreased EMA
binding (Figures 2(b) and 2(c)).
3.3. Association between EMA Binding and Red Blood Cell
Membrane Protein Abnormalities in HE Patients (Table 1).
Red blood cell membrane protein analysis in 12 HE patients
indicated that two had partial spectrin deficiency and five
had partial P4.1 deficiency. Two patients with partial spectrin
deficiency (cases 1 and 2) showed decreased EMA binding
(Figure 2(a)). No patients with partial P4.1 deficiency showed

decreased EMA binding. In addition, two patients (cases 3
and 4) clearly showed elliptocytosis with decreased EMA
binding to red blood cells. However, no abnormalities in
membrane proteins (Figures 2(b) and 2(c)) were detected.
No significant decrease in band 3 was detected by SDSPAGE in four patients with decreased EMA binding.

3.4. Association between EMA Binding and Red Blood Cell
Ovalization in HE Patients. Red blood cells with long diameter/short diameter ≥2 were defined as rod-shaped, and
those with long diameter/short diameter <2 were defined as
ovalocytic. The percentages of the rod-shaped and ovalocytic
types in 100 red blood cells on SEM images were calculated.
The results showed that the rod-shaped type comprised 18.0%
± 12.7% in four HE patients with decreased EMA binding and
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Figure 3: Association between the presence/absence of decreased EMA binding and elliptocyte development in HE patients. (a) Association
between the presence/absence of decreased EMA binding and the percentage of rod-shaped type in HE patients. The percentage of rod-shaped
type in 4 HE patients with decreased EMA binding = 18.0 ± 12.7%. The percentage of rod-shaped type in 8 HE patients without decreased
EMA binding = 15.3 ± 13.2%. Rod-shaped type: RBC long diameter/short diameter ≥2. (b) Association between the presence/absence of
decreased EMA binding and the percentage of ovalocytic type in HE patients. The percentage of the ovalocytic type in 4 HE patients with
decreased EMA binding = 72.2 ± 6.6%. The percentage of the ovalocytic type in 8 HE patients without decreased EMA binding = 69.4 ± 10.4%.
Ovalocytic type: RBC long diameter/short diameter <2.

15.3% ± 13.2% in eight HE patients with normal EMA binding. Therefore, no clear correlation was observed between
decreased EMA binding and the ratio of rod-shape type
(Figure 3(a)). The ovalocytic type comprised 72.2% ± 6.6%
in four HE patients with decreased EMA binding and 69.4%
± 10.4% in eight HE patients with normal EMA binding.
Thus, these results indicate no clear correlation between
decreased EMA binding and the ratio of the ovalocytic type
(Figure 3(b)).

4. Discussion
In the present study, four HE patients demonstrated decreased EMA binding. Among them, two were spherocytic
HE with spectrin abnormalities. Spectrin abnormalities can
also cause HS as well as HE. For example, genetic mutations
mainly causing decreased spectrin are common in HS [13],
whereas mutations causing abnormalities in spectrin selfassociation are common in HE [14]. These two patients had
partial spectrin deficiency, as observed in some patients with
HS. Spherocytic HE has the features of both HS and HE. So it
is suggested that the decreased EMA binding observed in two
spherocytic HE patients might have exhibited the features of
HS.
In this study, decreased EMA binding to red blood cells
was observed in two patients with common HE in whom
no membrane protein abnormalities were detected by SDSPAGE.
Considering various degrees of red blood cell ovalization
among HE patients, we examined differences in the trend of

ovalization as factors involved in decreased EMA binding.
However, no association was observed between the degree
of ovalization and EMA binding. The mechanism underlying
the decrease in EMA binding to red blood cells in these
patients is unknown.
This study revealed that some HE patients, other than
those with HPP or SAO, present with decreased EMA binding
to red blood cells. The EMA binding test is believed to be
a specific method for diagnosing HS. However, it should be
noted that decreased EMA binding can be observed even
in some HE patients similarly to HS patients. Historically,
congenital hemolytic anemia induced by red cell membrane
abnormalities was defined based on their characteristic red
blood cell shape [15]. The HS guidelines revised in 2011
[16] show that the EMA binding test is useful for screening
atypical HS patients. However, attention should be paid to
the presence of patients with spherocytic HE or common HE
with decreased EMA binding.
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Membrane electrochemical potential is a feature of the molecular profile of the cell membrane and the two-dimensional
arrangement of its charge-bearing molecules. Plasmodium species, the causative agents of malaria, are intracellular parasites
that remodel host erythrocytes by expressing their own proteins on erythrocyte membranes. Although various aspects of the
modifications made to the host erythrocyte membrane have been extensively studied in some human Plasmodium species (such as
Plasmodium falciparum), details of the structural and molecular biological modifications made to host erythrocytes by nonhuman
Plasmodium parasites have not been studied. We employed zeta potential analysis of erythrocytes parasitized by P. chabaudi, a
nonhuman Plasmodium parasite. From these measurements, we found that the surface potential shift was more negative for P.
chabaudi-infected erythrocytes than for P. falciparum-infected erythrocytes. However, electron microscopic analysis of the surface
of P. chabaudi-infected erythrocytes did not reveal any modifications as compared with nonparasitized erythrocytes. These results
suggest that differences in the membrane modifications found herein represent unique attributes related to the pathogenesis profiles
of the two different malaria parasite species in different host animals and that these features have been acquired through parasite
adaptations acquired over long evolutionary time periods.

1. Introduction
Malaria, a serious infectious disease in humans, is caused by
protozoan parasites of the genus Plasmodium. The parasite
is widely distributed across tropical regions and affects large
numbers of people living in Africa, South America, and
Southeast Asia. Malaria infections are established by parasites
released into the blood stream when parasite-infected female
mosquitoes bite a vertebrate host; the consequent infection
that follows occurs first in the liver followed by the erythrocytes. The clinical signs and symptoms of malaria infections
in humans include chills, fever, body aches, headache, anemia, and spleen enlargement, while infections with Plasmodium falciparum, the most virulent, cerebral malaria-causing
species [1], can be fatal. Infections with Plasmodium also
induce cellular and molecular alterations to erythrocytes,
such as cell adhesion [2–5], Band 3 clustering [6], erythrocyte-IgG association [7], increased hemichrome attachment

to the host erythrocyte membrane [6], increased cell permeability [8], changes in erythrocyte rigidity [9–11], and,
with certain parasite species, the appearance of knob-like
structures on the cell surface [12–16]. These features of human
malaria parasites are reported to vary in different hosts but are
not known for all parasite species and hosts at the erythrocyte
level.
P. falciparum is known to express a variety of proteins
after it invades human erythrocytes. These proteins include
the P. falciparum erythrocyte membrane protein-1 (PfEMP1), knob-associated histidine-rich protein (KAHRP), and
RIFIN, STEVOR, and SURFIN proteins amongst others, and
these proteins are transported to the erythrocyte membrane.
PfEMP-1, PfEMP-3, KAHRP are main components of the
interconnect-protein complex known as “knobs” [17]; these
proteins form a raised structure on the erythrocyte membrane surface and are considered to provide adhesion points
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for binding to endothelial cells [17–19]. Knobs on the erythrocyte membrane parasitized by P. falciparum have a characteristic morphology and uniform size (height: 18.2–25.3 nm
[20]; diameter: ≈70 nm [21]). Also, some studies on monkey
malaria infections have described parasite-infected erythrocytes with knob-like structures adhering to cells [14–16].
Furthermore, despite identification of furrows on the surface
of the parasitized erythrocytes of P. gallinaceum (a chickeninfecting Plasmodium species), their function has not been
extensively studied [22]. Expression of parasite-derived proteins on the erythrocyte membrane disturbs the balance of
endogenous host proteins and their structural integrity [23–
25]. Addition of new proteins induces protein-protein modifications and protein-lipid interactions at the erythrocyte
membrane [25–28], as well as cytoskeleton remodeling,
thereby resulting in changes in the net surface charge of the
cell membrane.
Different species of malaria parasites infect humans, reptiles, birds, and rodents. One study has reported that chickens
experience fevers, enlarged spleens, hemolysis, and other
clinical signs when they become infected by avian malaria
parasites [29]. In the case of rodent infections with malaria
parasites of which there are three known species, one of the
features of P. berghei-, P. yoelii-, and P. chabaudi-infected erythrocytes is their ability to sequestrate in various organs of the
body [30–33]; however, the sequestration patterns differ from
that of P. falciparum-infected erythrocytes [34, 35]. Despite
some degree of overlap in the types of clinical and biological
features of malaria infection in different host animals, there
is insufficient information about the structural modifications
made to host erythrocytes during malaria infections, particularly those caused by rodent malaria parasites. Nevertheless,
differences do exist in the clinical features of infection with
different species of Plasmodium in the same host and in different host animals. Hence, investigating the types of modification made to erythrocytes by different malaria parasite
species in different host animals should further our understanding of malaria parasite biology. In this study, we investigated the physicochemical aspects of the erythrocyte membrane in terms of the structural modifications induced by
infection with the rodent malaria parasite P. chabaudi and we
describe here the host cell modifications that are characteristic of this parasite species.

2. Material and Methods
2.1. Erythrocyte Preparation and Malaria Parasite Infections.
Animal infections were approved by “The Keio University
Institutional Animal Care and Use Committee” and followed
the “Institutional Guidelines on Animal Experimentation at
Keio University.” Infection and erythrocyte collections were
conducted as described in previous studies [36, 37]. Briefly,
for the rodent malaria infections, P. chabaudi AS strain
chloroquine sensitive was used. Four- to five-week-old female
mice (BALB/c A Jc1, Nippon Bio-Supp. Center, Tokyo, Japan)
were injected intravenously with 5 × 106 parasitized erythrocytes. Mouse blood was collected when the parasitemia was
≈30–48% in ∼1 mL of blood. The heparinized mouse blood
was centrifuged at 300 ×g for 5 min to remove the buffy coat
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and washed twice with RPMI (Invitrogen Life Technologies,
Grand Island, NY). Mature parasitized erythrocytes were separated using the MACS-LS Column system (Miltenyi Biotec
K.K., Bergisch Gladbach, Germany) [38] for detergentresistant membrane (DRM) fraction measurements. For the
zeta potential measurements, whole mouse blood was used
(mature P. chabaudi-infected erythrocytes were not separated from the uninfected erythrocytes because ∼1 mL is
the maximum volume that can be collected from a mouse
heart after isoflurane (Mylan, Hertfordshire, UK) treatment
and this amount is too small for measurement when only
the parasitized erythrocytes were separated and used for the
measurements).
Cultivation of P. falciparum was approved by the Bioethics
Committee for Epidemiologic Research, Jichi Medical University (authorization number: 12–20), for clinical research
with human blood samples. O+ human erythrocytes were
purchased from the Japanese Red Cross Society (authorization number: 25J-0045). P. falciparum was cultured as described previously [39]. P. falciparum-infected erythrocytes were
separated by MACS Separators LS columns (Miltenyi Biotec
K.K.) and then used for electron microscopy and zeta potential measurements or for obtaining the detergent-resistant
membrane (DRM) fractions.
2.2. Transmission Electron Microscopy (TEM) and Scanning
Electron Microscopy (SEM). For TEM analysis, nonparasitized and parasitized erythrocytes were fixed for 60 min on
wet ice in a mixture of 2% paraformaldehyde and 2% glutaraldehyde in HEPES buffer solution (pH 7.05) (Sigma-Aldrich
Co. LLC, Saint Louis, MO) and then fixed for a further 60 min
in 1% osmium oxide in the same buffer. The fixed specimens
were dehydrated with stepwise concentrations of ethanol
and then embedded in epoxy resin. Ultrathin sections were
stained with uranyl acetate and lead citrate. Samples were
examined with a JEM-1230 transmission electron microscope
(JEOL, Tokyo, Japan). For the SEM analysis, erythrocytes
were fixed for 2 hours on wet ice in 2% paraformaldehyde in
0.1 mol/L HEPES buffer (pH 7.4) The erythrocytes were then
spread on a slide glass covered with MAS coating (Matsunami
Glass Ind., Ltd., Kishiwada, Osaka, Japan). The samples were
further fixed with 1% osmium oxide in phosphate-buffered
saline (PBS, Invitrogen) for ∼1 hour at room temperature
and then dehydrated with ethanol. The samples were treated
with isoamyl acetate (Wako, Osaka, Japan) and 100% ethanol
(1 : 1 vol/vol) (Wako), dried using a critical point Dryer HCP2 (Dryer HCP-2, Hitachi Koki Co., Ltd., Tokyo, Japan) for
5 min at 40∘ C, and then sputtered by an Ion Sputter (E-1030,
Hitachi, Ltd., Tokyo, Japan) with Pt and Pd. Sample observations were performed using S-4300 scanning electron
microscopy (Hitachi High-Technologies Corporation, Tokyo,
Japan).
2.3. Measurement of Zeta Potentials. The surface potentials
of erythrocyte membranes were measured by a zeta potential
analyzer (Zeecom, Microtec, Co., Ltd., Funabashi, Japan) as
described according to a previous study [40]. Measurements
of parasitized mouse erythrocytes were conducted on whole
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Figure 1: Nonparasitized mouse control erythrocyte (a, b). Electron micrographs of P. chabaudi-infected erythrocytes (c, d), showing the lack
of any raised structures on the erythrocyte surface. In contrast, many knob-like structures on the surface of a P. falciparum-infected human
erythrocyte are apparent (g). Electron micrograph illustrating the very smooth surface of a nonparasitized human erythrocyte (e). (a, c, e, g)
SEM and (b, d, f, h) TEM. Bar = 1.0 𝜇m (a, c, e, g) and 500 nm (b, d, f, h).

mouse blood. Blood samples were washed twice with RPMI
medium (Invitrogen) and then resuspended in a 10% volume
in the same medium before the measurements were taken.
2.4. Collection of Detergent-Resistant Membrane (DRM) Fractions and Western Blotting. The effect of parasite infection on
the lipid domain fraction of host erythrocytes was assessed
by preparing lipid domain fractions according to an established method [27, 41]. Briefly, a 10 mL volume of packed erythrocytes was washed with RPMI (Invitrogen) twice; then a
200 𝜇L volume of the packed erythrocytes was thoroughly
mixed with 800 𝜇L of ice cold 1% Triton X-100 (SigmaAldrich Co. LLC) in TBS buffer solution (Wako) and a
proteinase inhibitor (Complete H; Roche Diagnostics, Mannheim, Germany) was included in each tube (total 1 mL). The
samples were kept on ice for 20 min, after which they were
each mixed with the same volume of 0.2 mol/L-Na2 CO3 in
80% sucrose in TBS (final sucrose concentration 40% in a
total volume of 2 mL). The 2 mL sample was transferred to a
centrifugation tube (331372, Beckman Coulter, Inc., Brea,
CA). Then, 6 mL of 30% sucrose in TBS was overlaid at 4∘ C,
followed by an additional 3 mL of 10% sucrose in TBS as
the upper layer. Ultracentrifugation was performed in a SW41Ti rotor (Beckman Coulter) at 200,000 ×g for 18 h at 2∘ C
and 300 𝜇L of each fraction was collected at 4∘ C and kept at
−20∘ C.
To detect the DRM fraction and protein distribution, a
NuPAGE 4–12% Bis-Tris Gel (Invitrogen) in MOPS SDS running buffer (Novex, Carlsbad, CA) was used for SDS-polyacrylamide gel electrophoresis. The separated proteins were
transferred to a PVDF membrane using the iBlot Gel Transfer
system (Invitrogen) and NuPAGE transfer buffer (Novex).
Flotillin-1 was used as a reference raft marker and mouse antiflotillin-1 was used as the monoclonal antibody against it

(BD Biosciences, San Jose, CA). Next, the membrane was
washed with 0.2% Tween 20 in PBS for 10 min (×3). The
second antibody reaction was performed using peroxidaseconjugated AffiniPure Donkey Anti-Mouse IgG (H + L)
(Jackson ImmunoResearch Laboratories, Inc., West Grove,
PA). ECL Advance Western Blotting Detection Reagents (GE
Healthcare Life Sciences, Pittsburgh, PA) were used as the
developing reagents.

3. Results
3.1. Electron Microscopic Studies. Our EM images of nonparasitized mouse erythrocytes (Figures 1(a) and 1(b)) and P.
chabaudi-infected mouse erythrocytes (Figures 1(c) and 1(d))
showed that the surface membrane was smooth and there
were no structural modifications observed on the P. chabaudiinfected erythrocyte membrane surface (Figure 1(c)). Our
results are in agreement with previous papers [42, 43]. A
smooth surface in the P. chabaudi-infected erythrocytes was
quite obvious in comparison with P. falciparum-infected erythrocytes, which form knob-like structures on the erythrocyte surface [44–47], unlike the very smooth surface topography of uninfected human erythrocytes observed in the
scanning electron (Figure 1(e)) and transmission electron
(Figure 1(f)) micrographs.
3.2. Zeta Potential Measurements and the Lipid Domain Fraction. The zeta potential is an important index for evaluation
of a material’s surface in terms of its reflecting interfacial properties, dispersion, aggregation, and interaction with other
materials. To investigate the properties of the erythrocyte
membrane further, despite there being no obvious surface
alterations to P. chabaudi-infected erythrocytes, we examined the zeta potential measurements for the surfaces of
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Figure 2: Z-potential data for nonparasitized (a) and P. chabaudi-parasitized (≈30–48% parasitemia) with nonparasitized (≈52–70%) (b)
mouse erythrocytes. The membrane potential increased to a more negative value in the P. chabaudi-infected erythrocytes compared with the
uninfected erythrocyte controls.
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Figure 3: (a) and (b) represent a western blot comparison of the DRM fraction, which influences the raft domain, between nonparasitized
and parasitized mouse erythrocytes, respectively. Flotillin-1 was used as a reference raft marker (MW = 48 kD).

nonparasitized and P. chabaudi-infected erythrocytes. The
electrochemical potential value obtained for P. chabaudiinfected erythrocytes shifted ≈25% to the negative side (voltage with an absolute value was induced) in comparison with
the nonparasitized erythrocyte controls (Figures 2(a) and
2(b)). This tendency contrasts with that of the P. falciparuminfected erythrocyte membrane, where a shift of ≈26% to the
positive side was observed (see Supplemental data 1 of the
Supplementary Material available online at http://dx.doi.org/
10.1155/2015/642729).
To further characterize how parasite infection affected the
properties of the erythrocytes, we examined the lipid domain
fraction after sucrose gradient density centrifugation separation. This fraction influences the raft domain in the nonparasitized and parasitized erythrocyte membrane. Anti-flotillin1 was used as a marker for raft/DRM. With the nonparasitized
mouse erythrocytes, the lipid domain was present in the
upper-to-middle and lower fractions, and most fractions
existed in the upper fraction (Figure 3(a)). In contrast, the
lipid domain was present only in the bottom layer in the parasitized erythrocytes (Figure 3(b)) and the lipid domain was
not present in the upper layers. These results show that P.

chabaudi altered the distribution of the lipid domain and the
interaction between lipids and proteins in the erythrocyte
membrane, even though the surface structure of the erythrocyte was not altered by the presence of the parasite.

4. Discussion
4.1. The Effect of Malaria Parasite Infections on the Topography,
Surface Charge, and Lipid Domain of Host Erythrocytes.
Generally, lipids are asymmetrically distributed between the
inner and outer bilayer membranes of the erythrocyte with
phosphatidylserine and phosphatidylethanolamine existing
in the inner membrane and phosphatidylcholine in the outer
membrane. Various studies have shown that not only malaria
parasites modify the erythrocyte membrane surface structure, but also the internal structure and properties of the
infected erythrocytes are modulated after invasion. In particular, infection with P. falciparum results in significant alteration of the erythrocyte surface topography, with alteration
of the inner structure of the parasitized erythrocyte [39],
alteration to protein transportation [46, 48], modifications to
the erythrocyte cytoskeleton [47], and changes in the lipid
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distribution [25] and the inner microstructure of the erythrocyte membrane [25, 49]. In the present study, the Z-potential
values were altered in P. chabaudi-infected erythrocytes (Figures 2(a) and 2(b)), even though P. chabaudi does not modulate the erythrocyte membrane topography (Figure 1(c)). The
surface potential charge of the infected erythrocytes showed
a “net” charge for the erythrocyte surface. Thus, our data also
suggest that some properties of the parasitized erythrocyte
membrane should be altered by infection with P. chabaudi.
Evidence for this possibility is that the DRM fraction pattern
changed between the nonparasitized and parasitized erythrocytes (Figures 3(a) and 3(b)). The direction of shift in
the potential charge for P. chabaudi-parasitized mouse erythrocytes was opposite to that of the shift observed for P. falciparum-parasitized human erythrocytes (Supplemental data
1). We found no direct evidence of an alteration in erythrocyte
topology or a change in the erythrocyte surface under the
influence of P. chabaudi infections. However, our data suggest
that parasite-encoded proteins, such as knob-like structures
on erythrocytes, possibly play a role in altering the surface
potential charge on the erythrocyte by altering the distribution of cytoskeleton proteins and/or lipid-protein interactions.
Zeta potential is an electrochemical aspect of a particle’s
surface, and information about a particle’s dispersibility,
aggregability, and adhesion ability can be obtained from this
measurement. If zeta potential takes a cross value around
zero, the repulsive force between particles becomes weak and
the particles will eventually aggregate. This physicochemical
aspect corresponds to the phenomenon of P. falciparum erythrocyte adhesion (Supplemental data 1). Our data showed a
shift away from a zero point for P. chabaudi-infected erythrocytes; however, the absolute shift values for P. chabaudi- and
P. falciparum-infected erythrocytes were in a similar range
and the shift range did not depart far from the zero point.
Parasitized erythrocytes exhibit similar phenomena to aging
erythrocytes compared with normal erythrocytes, such as
increased levels of hemichrome, higher levels of oxidization,
alterations in Band 3 aggregation and the cytoskeleton, and
changes in protein expression related to immune function,
adhesion, and permeability of the erythrocyte [6, 50].
P. chabaudi- and P. falciparum-infected erythrocytes are
reported to have properties that promote different patterns of
sequestration [33, 42, 51, 52] in their respective host species.
Indeed, P. chabaudi-infected erythrocytes are reported to
sequester in the lungs and liver of mice but do not adhere
to the mouse brain, which is the cause of cerebral malaria in
P. falciparum infections in humans. These differences in the
behavior of P. chabaudi-infected mouse erythrocytes and P.
falciparum-infected human erythrocytes are consistent with
our zeta potential data. One possible explanation for the
different pattern of sequestration observed between P. falciparum- and P. chabaudi-infected erythrocytes is that the var
multigene family of P. falciparum, which is a component of
knobs and is necessary for sequestration of P. falciparuminfected erythrocytes, does not exist in P. chabaudi [53].
Zeta potential provides information on the “total surface
charge” of an erythrocyte, and this parameter is modulated
by complexes formed between different proteins, the lipid
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Table 1: Comparison of P. falciparum- and P. chabaudi-infected host
erythrocytes.

Morphological
change
Zeta potential
(numerical value)
Parasitemia
Anemia

Human/P. falciparum

Mouse/P. chabaudi

+

−

Reduced

Induced

+
+

++
++

bilayer, and the erythrocyte cytoskeleton. We do not know
which proteins or protein complexes reduce the absolute
value of the surface charge of P. falciparum-infected erythrocytes. However, knob-associated proteins are one of the candidates for the difference observed in the zeta potential data
between P. falciparum- and P. chabaudi-infected erythrocytes.
Taken together, our data are consistent with previous reports
and physiological evaluation of parasite-infected erythrocytes.
4.2. Evolution of Malaria Parasites and Their Animal Hosts.
Humans have been exposed to P. falciparum malaria infections for over 4,000 years [54], but different species of malaria
parasites have been parasitizing other mammals such as
rodents as well as avian and reptilian hosts for much greater
evolutionary time periods [55–57]. Malaria parasites of
humans survive in their hosts by invading nonnucleated erythrocytes. However, birds have nucleated erythrocytes
making it unclear why this type of erythrocytes is preferred by
some Plasmodium spp. Furthermore, the role of the furrowlike structure observed in P. gallinaceum-infected erythrocytes from chicken [22] is also not clear. Here, we have shown
that P. chabaudi rodent malaria parasites do not modulate
the surface of the parasitized erythrocyte (Figure 1, Table 1).
P. chabaudi-infected erythrocytes have been reported to
undergo sequestration in the lungs and liver but do not
sequestrate in the brain, spleen, or other tissues, unlike P. falciparum-infected erythrocytes [35]. One possible explanation
for this is that P. chabaudi does not possess the var multigene
family (as discussed in the previous paragraph) that encodes
P. falciparum PfEMP-1; thus, P. chabaudi-infected erythrocytes probably do not express PfEMP-1, neither do they express
KAHRP, which together form the components of knobs.
Hence, rodent parasite-infected erythrocytes do not become
trapped in the capillary blood vessels of the brain and rodents
infected with this parasites species are not subject to the
lethal effects of cerebral malaria. This feature of infection with
P. chabaudi parasites allows them to survive for longer time
periods in their hosts and was possibly selected for over the
course of parasite evolution.
Coevolution between some malaria parasites and their
hosts has occurred over very long evolutionary time periods,
during which time these parasites have developed strategies
that enable them to survive for long time periods in their
respective host animals. The differences in the P. chabaudiand P. falciparum-infected erythrocytes that we observed in

6
this study may be one of the ways in which these parasites
have adapted to their respective host animals (rodents and
humans). Parasites eventually evolve to not kill their hosts but
coexist with them.
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Erythrocytes are responsible for transporting oxygen to tissue and are essential for the survival of almost all vertebrate animals.
Circulating erythrocyte counts are tightly regulated and respond to erythrocyte mass and oxygen tension. Since the discovery of
erythropoietin, the erythropoietic responses to environment and tissue oxygen tension have been investigated in mice and human.
Moreover, it has recently become increasingly clear that various environmental stresses could induce the erythropoiesis via various
modulating systems, while all vertebrates live in various environments and habitually adapt to environmental stress. Therefore,
it is considered that investigations of erythropoiesis in vertebrates provide a lead to the various erythropoietic responses to
environmental stress. This paper comparatively introduces the present understanding of erythropoiesis in vertebrates. Indeed, there
is a wide range of variations in vertebrates’ erythropoiesis. This paper also focused on erythropoietic responses to environmental
stress, hypoxia, and lowered temperature in vertebrates.

1. Introduction
Erythrocytes are responsible for transporting oxygen to tissue
and are essential for the survival of almost all vertebrate
animals. All vertebrates adapt to various environments.
Therefore, investigations of erythropoiesis in vertebrates
are considered vital to address the various erythropoietic
responses to environmental stress. The vertebrates that lack
hemoglobin and erythrocytes are the larvae of eels and a few
Antarctic fish of the family Channichthyidae [1]. Moreover,
only mammalian species in vertebrates have anucleate erythrocytes, while erythrocytes of nonmammalian species have
nuclei and a shape of an ellipse. The advantage of anucleate
erythrocyte is explained by flexibility in developed capillary
and incensement of surface area for oxygen binding. Moreover, it has been demonstrated that the erythropoietic systems
are diverse among vertebrates (Table 1). Although the science
behind them is less than clear-cut, such a wide-ranging
difference should bring diversity to the hematopoietic systems for responding to environmental stress. To address the
description of erythropoietic functions, this paper introduces

the present understanding of erythropoiesis in vertebrates,
focusing on erythropoietic responses to environmental stress,
hypoxia, and lowered temperature.

2. Diversity of Erythropoiesis
2.1. Erythropoietin. In 1977, Miyake and his colleges isolated
native human erythropoietin (EPO) from urine of patients
with aplastic anemia [2]. In mammalian species, EPO expression and secretion in the kidney are induced by hypoxia,
and then highly glycosylated EPO circulates to the bone
marrow in adult mammals to stimulate the proliferation
and differentiation of EPO receptor expressing erythroid
progenitors in an endocrine manner [3–5]. Subsequently,
this notion is widely understood as a central mechanism
of the production of mammalian red blood cells [6, 7].
Long afterward, EPO gene was identified for the first time
in nonmammalian species and was reported in pufferfish,
Fugu rubripes [8], and then zebrafish [9, 10]. The primary
sites of EPO expression in fish was unexpectedly found in
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Table 1: Diversity of erythropoiesis in nonmammal.
Species
Fish
Pufferfish
(Takifugu rubripes)
Zebrafish
(Danio rerio)
Brown trout
(Salmo trutta)
European perch
(Perca fluviatilis)
Common Roach
(Rutilus rutilus)
Common carp
(Cyprinus carpio L)
Ginbuna crucian carp
(Carassius auratus langsdorfii)
Amphibian
African clawed frog
(Xenopus laevis)
Bullfrog
(Lithobates catesbeianus)
Leopard frog
(Lithobates pipiens)
Great crested newts
(Triturus cristatus)
Ezo salamander
(Hynobius retardatus)
Reptiles
Painted turtle
(Chrysemys picta)
European pond turtle
(Emys orbicularis)
Spanish lizard
(Lacerta hispanica)
Boa constrictor
(Boa constrictor)
Corn snake
(Elaphe guttata)
Brown house snake
(Lamprophis fulaginosus)
Bothrops jararaca
(Bothrops jararaca)
Avian
Chicken
(Gallus gallus)
White Carneaux pigeons
(Columba livia)
White Pekin duck
(Anas platyrhynchos)

EPO
Producing organ

Erythropoietic organ
Site

Cell identification

Kidney

gata1 reporter transgenesis [26, 27],
progenitor assay [29]

Spleen,
kidney

Cell morphology [19]

Spleen

Cell morphology [19]

Kidney

Cell morphology [19]

Kidney

Cell morphology [25]

Days

Life span
Cell labeling

270

PKH 26-GL [40]

Heart [8]
Heart [9, 10]

Kidney (stem cell) Kidney marrow cell transplantation [81]

Lung, liver [12]

Liver

Progenitor assay [30],
immunohistochemistry [14]

Kidney,
bone marrow

Immunohistochemistry [31]

Spleen,
heart

Cell morphology [20],
PHZ-induced anemia [23]

Spleen

In situ hybridization [83]

Bone marrow,
kidney, spleen

Fe59 incorporation [32]

Bone marrow

Cell morphology [21]

Bone marrow

Cell morphology [22]

Bone marrow

Cell morphology [24]

Bone marrow

Cell morphology [24]

Bone marrow

Cell morphology [24]

Bone marrow,
spleen

Cell morphology [24]

Bone marrow

Progenitor assay [33]

220 Biotin in vivo [39]

200

DFP32 [82]

35

Na2 Cr51 O4 [38]

35–45 Na2 Cr51 O4 [38]
42

Na2 Cr51 O4 [38]
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the heart [8]; however the biological function of the heart
EPO has not been directly elucidated. We have reported the
identification and biological properties of EPO [11, 12] and
EPO receptors (EPOR) [13, 14] in the African clawed frogs,
Xenopus laevis. The highest expression of EPO in Xenopus
laevis was found in the lung and lesser in the liver [12]. It
was our surprise that Xenopus EPO, unlike in human and
murine EPO, lacks N-glycosylation that is essential for in vivo
stability and biological activity in the circulation. When Nlinked carbohydrates were artificially introduced to Xenopus
EPO, however, in vitro activity was not interfered [15]. We
also demonstrated that recombinant Xenopus EPO induces
proliferation of human cell lines expressing Xenopus EPOR
as well as human EPOR, despite the 38% amino acid identity
shared between Xenopus EPO and human EPO [12]. In
addition, an essential tertiary structure of the ligand-receptor
(EPO-EPOR) is reserved and shared among those species [11].
Because of these findings, the ligand specificity should not be
determined solely by primary amino acid sequences.
2.2. Erythropoietic Organ. Erythropoietic organs in vertebrates are various. In mammals, erythropoiesis mainly occurs
in bone marrow at their adult stage. Additionally, the spleen
also causes erythropoiesis in some rodents [16–18]. The studies of searching hematopoietic organs in nonmammals have
been performed through the ages [19–25]. Although most
investigations are approached though cellular morphological
observation, there are reports using molecular based technics
during recent years.
In teleost fish, hematopoiesis occurs in the kidney. A
study of brown trout has indicated that the spleen is also
an erythropoietic organ [19]. In zebrafish study, reporter
transgenesis takes the advantage to isolate and characterize
the hematopoietic progenitor cells. An approach using gata1
reporter transgene and flow cytometry to separate the erythroblastic cells from the kidney has been developed in the
gata1 reporter transgenic models [26–28]. Kidney of zebrafish
comprehends the erythroid progenitor cells that induced
proliferation and differentiation by recombinant EPO in vitro
[29].
In aquatic amphibian, Xenopus laevis, we recently demonstrated that erythropoiesis mainly occurs in the adult liver
to reveal the presence of CFU-E [14, 30]. The EPOR positive
cells are found predominantly on the inner wall of hepatic
sinusoids and increased during erythropoietic stress [14]. In
northern crested newt, erythroblastic cells are observed in the
heart aside from the spleen after phenylhydrazine- (PHZ-)
induced anemia. Although we also observed erythroblasts in
periphery during erythropoietic stress induced by PHZ, erythroblasts could not be observed in periphery in normal state
[13]. Therefore, it is suggested that these erythroblast cells that
are observed in periphery are released from erythropoietic
organ responding to erythropoietic stress.
While, in bullfrog (Lithobates catesbeianus), terrestrial
amphibian, de Abreu Manso and his colleagues reveal that
hematopoietic cells expressing CD34, CD117, and EPOR exist
in the adult bone marrow of vertebrae, femur, and fingers
and in the kidney detected by immunohistochemistry [31],
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in reptiles and avian, bone marrow is the primary erythropoietic site [21, 22, 24, 32, 33]. In chicken, erythroid progenitor
assay is developed well using bone marrow cells [33]. Taken
together, in aquatic amphibian, erythropoiesis mainly occurs
in kidney, spleen and/or liver. From terrestrial amphibian,
erythropoiesis is found in bone marrow, while, in aquatic
mammalian bottlenose dolphins (Tursiops truncatus), bone
marrow mononuclear cells contain hematopoietic progenitor
cells [34].
2.3. Fate of Circulating Erythrocytes. Erythrocyte is damaged
little by little during circulation and destructed eventually.
In adult human, the life span of erythrocyte is about 120
days [35]. The life span is not correlating with the direction
of evolution. The erythrocytes lifespans of mice [36], rabbit
[37], and chickens [38] are about 40, 55, and 35 days,
respectively, which are shorter than human. In amphibian
and fish, the life span tends to be longer compared with
mammalian species. The life span of erythrocytes in Xenopus laevis is about 220 days [39], longer than mouse and
human. In ginbuna crucian carp, the erythrocyte lifespan
is about 50 days, and labeling erythrocytes are detected
in circulation up to 270 days [40]. Biological implication of difference in the erythrocyte life span is not well
understood.
In mammals, damaged or senescent erythrocytes are
degraded by phagocytes in the liver and spleen [41]. Investigations of erythrocyte destruction sites in nonmammalian
species are limited. Our recent work with Xenopus laevis
showed that erythrocyte destruction mainly occurred in the
liver based on the expression of heme degrading enzymes,
hemeoxygenase-1, and biliverdin reductase A expression and
the accumulation of iron [39].

3. Erythropoiesis Response to
Environmental Stress
3.1. Hypoxia. The primary EPO producing organ is the
kidney in adult mammal, while most of the knowledge of
hypoxic EPO expression has been based on human hepatoma
cell lines. The molecular mechanisms of hypoxia inducible
EPO gene expression involve hypoxia inducible transcription
factors (HIFs), which are primary transcriptional factors of
the hypoxic response [7, 42] and are negatively regulated
by the von Hippel-Lindau (VHL) factor [43, 44]. The VHL
acts to ubiquitylate the catalytic 𝛼 subunit of HIF and
induce their turnover in normoxia due to recognition of
a prolyl hydroxylation motif, which is oxygen dependent
hydroxylases to modify 𝛼 subunit of HIF. During hypoxic
condition, the loss of hydroxylase activity causees the accumulation and transactivation function of HIF-𝛼 subunit
[45]. The most well characterized HIF regulatory region
is a liver-specific hypoxia response element (HRE) that is
the binding site of HIF-1, which is located within 0.7 kb 3
of the polyadenylation signal [45]. Recently the analysis of
renal EPO expression has been performed and increasingly
obvious [46–48]. There are also reports that EPO is detected
in various tissues (brain, heart, lung, and testis) and exhibited
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nonerythropoietic activity [49–51]. Taken together, we have
a question if each EPO producing organ could response
to hypoxia and promote erythropoiesis or not. To resolve
this issue, conditional knockout experiments in which a
target gene can be specifically inactivated in specific tissue(s)
were performed. The deletion of VHL gene prevents the
ubiquitination of hydroxylated HIF-𝛼 proteins and causes a
hypoxic phenotype due to accumulation of HIF-𝛼 proteins.
To demonstrate the contribution of each EPO producing
organ, various mice in which VHL can be inactivated tissue
specifically were generated using conditional gene targeting technology based on Cre-loxP mediated recombination
[52]. Hepatocytes specific deletion of VHL using albumin
promoter enhanced hepatic EPO expression and induced
polycythemia [53]. Mice with osteoblasts specific knockout
of VHL showed the enhancement of EPO expression in
bone marrow and erythropoiesis [54]. The expression level
of renal EPO was decreased in the mice. Interestingly, it has
been reported that renal EPO expression is induced by the
variation of oxygen partial pressure in other tissues. Rats
with high cerebral pressure exhibit a significant increase
in plasma EPO levels [55]. This report suggested that EPO
expression in the kidney is induced by a brain stem-derived
humoral factor at high intracranial pressure. Boutin et al.
showed that HIF-1𝛼 gene deletion in mice epidermis inhibits
renal EPO synthesis in response to hypoxia and epidermal
sensing of oxygen is important for the renal EPO synthesis
[56]. Based on these observations, it is suggested that each
organ have an oxygen sensor independently in mammalian
species.
In nonmammalian species, the knowledge of EPO gene
expressions responding to hypoxia is limited. In zebrafish,
cardiac EPO mRNA expression is moderately upregulated
6.5 h after being exposed at hypoxic environment [9]. HRE
in teleost EPO gene locus of fugu has been reported [57].
The fugu HRE is located in the 5 flanking region of EPO
gene locus. However, the HRE is on the opposite strand of
DNA, unlike the HRE of EPO gene locus in the human,
and it is unclear whether the HRE contributes to response
to hypoxia and induces the EPO gene expression or not. We
recently have showed that the expression of EPO gene in
Xenopus laevis is not induced by anemia investigated [12].
The hypoxic response and diversity organs of EPO gene
expression in nonmammalian species are subject of future
investigation.
Before indicating the existence of EPO, Misher (1893)
suggested that hypoxic stress directly stimulates bone marrow and promotes erythropoiesis. Although this hypothesis was rejected by the identification of EPO once, the
response of erythroid cells to hypoxia has been recently
investigated. Ex vivo erythrocytes production from peripheral and cord blood CD34+ cells was enhanced by low
oxygen concentration (1.5–5%) exposure [58]. Under hypoxic
conditions, the mRNA and protein amounts of deltaaminolevulinate synthase 2 (ALAS2) and GATA-1 (erythroid
specific transcriptional factor) were elevated in human erythroleukemic cell line, K562 cells, and erythroid induction cultures of CD34+ hematopoietic stem/progenitor cells
[59, 60].
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It has been reported that the type of hemoglobin is
changed by hypoxia stimuli. In human, embryonic, fetal, and
adult hemoglobin is sequentially expressed in erythroblasts
during developing developments. The binding affinity of
hemoglobin is different among the type of hemoglobin.
Increasing the oxygen-binding affinity of fetal hemoglobin
is relative to that of adult. In erythroid differentiated culture
from human hematopoietic progenitor cells, the number
of cells with fetal hemoglobin increased, exposed to low
O2 [61]. A moderate increase of circulating erythrocytes
with fetal hemoglobin was observed in human during and
after the hypoxia exposure [62]. Erythrocytes with fetal
hemoglobin have an advantage to bind more oxygen under
hypoxic condition. In amphibian species, hemoglobin switch
from the larval to the adult type of hemoglobin has been
showed during metamorphosis (from aquatic to terrestrial
life) [63, 64]. Because the oxygen dissociation curve in
tadpole shifts to left compared with that in adult [65], the
tadpole erythrocyte more readily takes up oxygen, so that
it is an advantage for tadpoles to live in water with lower
oxygen. These reports indicated that hemoglobin switching is one of the important responses to adapt hypoxic
environment.
Recently, a type of noncording RNA, micro-RNA
(miRNA), has attracted attention for the factor responding
to environmental stress. miRNAs are single-stranded
RNA molecules approximately 22 nucleotides in length.
Each miRNA recognizes target mRNAs via base-pairing
interactions and induces the gene silencing. We compared
the miRNA expression patterns in UT-7/EPO, UT-7/GM,
and UT-7/TPO cell lines which are all differentiated from
UT-7 cells by cytokine stimulation and exhibit the same
genotype with different phenotypes, and demonstrated some
specific miRNAs expressed in erythroid cells [66]. One
of them, miR-210, is expressed in the late stage erythroid
cells in mouse [66]. miR-210 is highly expressed by hypoxic
condition and regulates the iron homeostasis via targeting
the iron-sulfur cluster scaffold protein and transferrin
receptor [67]. Recently, Sarakul et al. demonstrated that
miR-210 induced erythroid differentiation in K562 cells and
CD34+ hematopoietic stem/progenitor cells [68]. Although
seen mostly in vitro, these results suggested that erythroid
cells could be regulated by low O2 condition beyond the EPO
response.
3.2. Low Temperature. In birds and mammals, endothermic
animals process the mechanisms to maintain the body
temperature, independent of the environmental temperature.
Upon the initial exposure to low temperature, endothermic
animals exhibit peripheral vasoconstriction to reduce heat
loss from body. Active thermogenesis occurs by means
of periodic shivering if heat dissipation exceeds metabolic
heat generation [69]. During prolonged exposure to low
temperature, nonshivering thermogenesis is enhanced by
synthesis and catalysis of ATP in the brown adipose tissue and muscle. Additional metabolic heat generation is
accompanied by increased oxygen consumption [69]. Therefore, it is readily hypothesized that erythropoiesis would
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respond and contribute to adaptation to low environmental
temperature.
There are many reports that showed the response of
hematopoiesis to environmental temperature. Nine-banded
armadillo (Dasypus novemcinctus) possesses the active
hematopoiesis in the dermal bone marrow of the armor.
In winter season, the dermal bone marrow became fatty
and showed less hematopoiesis, compared with summer
season [70]. The marrow of tailbone in new borne rats has
active hematopoiesis and replaced the adipose with maturity.
Tavassoli et al. showed that the capability of hematopoiesis
was maintained in the tail vertebrae of newborn rats by
transposing the tail into the warmer environment of the
abdomen [71]. It has been demonstrated that the variation
of blood cell counts is induced by low environmental temperature and season change in various vertebrates (Table 2).
In rats and chickens acclimated to low temperature, an
increase in the number erythrocytes was observed [72,
73]. We have investigated whether increase in circulating
erythrocytes induced by low temperature exposure is caused
by enhanced erythropoiesis in mice [74]. Mice were exposed
to a 5∘ C environment for 56 days. The blood hematocrit
levels (HCT) gradually increased by day 14 and remained high
at day 56. The proportion of proerythroblasts in the spleen
and bone marrow increased greatly by day 5 of exposure
to low temperature. EPO mRNA levels increased in the
kidneys, and hypoxia inducible genes were enhanced in the
kidney after being exposed to low-temperature environment.
These results indicated that erythropoiesis was enhanced,
explaining the high level of EPO mRNA expression in
the kidney. In addition, the level of oxygen tension in
the kidney was decreased after low-temperature exposure.
Elevated erythrocyte counts would increase oxygen supply to
peripheral tissues for heat production after low-temperature
exposure.
In the studies of nine-banded armadillo and newborn rats
as described previously, it is considered that hematopoietic
effects are caused by hematopoietic organ itself exposed to
low temperature. Moreover, cases of anemia or pancytopenia in hypothermic patients have been reported [75–79].
Establishing the hypothermic model in small mammals has
been hampered by practical difficulties. We used the African
clawed frog; Xenopus laevis was used to investigate the cause
of hypothermia-induced anemia [39]. Frogs were exposed
to low temperature (5∘ C) for five days and then were put
back to 22∘ C immediately afterwards. One day after exposure
to 5∘ C, erythrocyte count decreased by approximately 30%
and then remained at this level for 5 days. Two days after
the return to 22∘ C, erythrocyte count had recovered to
initial levels. The rate of destruction of erythrocytes in adult
Xenopus laevis was estimated to be about 0.45% per day under
normal conditions from 220-day erythrocyte lifespan. It was
hypothesized that enhancement of erythrocyte degradation
caused erythrocytopenia after low-temperature exposure.
Primary organ of erythrocyte degradation is the liver in
adult Xenopus laevis. In the liver, heme oxygenase (HOMX1)
and biliverdin reductase (BLVRA) mRNA increased after
exposure to low temperature, and then accumulation of iron
as a result of heme degradation was observed in the liver.
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These results indicated that hypothermic anemia was initiated by enhanced peripheral erythrocyte destruction. It is
hypothesized that the cause of anemia under hypothermic
conditions is a downregulation of erythropoiesis. However, in
contrast, we found that EPO mRNA expression was elevated
in lung and liver after low-temperature exposure and hepatic
erythropoiesis was upregulated. Despite upregulation of erythropoiesis, newly produced erythrocytes are not released to
the circulation but appear to remain in the hepatic sinusoid,
which could explain the prolonged anemia observed during
low-temperature exposure. To investigate the modulated
molecules responding to low temperature, moreover, we
attempted the proteomics to profile the hepatic proteome
in Xenopus laevis after exposure to low temperature [80].
Our proteome data suggested that glycolytic and antioxalate
systems acted after the accumulation of hepatic iron caused
by low-temperature exposure.
The signal passway from sensitive environmental low
temperature to erythropoietic change is unclear. However,
we demonstrated that the rule of erythropoiesis responding to low environmental temperature is different between
endothermic and ectothermic animals through our comparative study.

4. Conclusion and Perspective
Since the discovery of EPO, it has been investigated that
the expression and secretion of renal EPO which respond
to environment and tissue oxygen tension could regulate
the circulating erythrocyte counts. Through the study of
various vertebrates, it has become increasingly clear that
vertebrates possess the unique erythropoietic responses to
individual habitat and environmental stress. Recently, the
many experimental technologies, such as gene editing and
omics, have been developed and are available to not only laboratory animals but also nonlaboratory animals. Therefore,
comparative study holds the more potential for enhancing
our knowledge of erythropoietic systems. Furthermore, to
understand the physiology of the whole organism and/or
cell, analyzing cyclopedic modulating molecules induced
by environmental stress and understanding the network
relationship among these molecules were attempted. Through
this analysis, the various systems to link to erythropoiesis will
become known.
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Table 2: Hematopoietic responses to low environmental temperature and seasons in vertebrates.

Stress

Seasonal
change

Low
temperature

Other

Species
Nine-banded armadillo
(Dasypus novemcinctus)
Edible frog
(Rana esculenta)
Wisent European bison
(Bison bonasus)
Grass snake
(Natrix natrix)
Bottlenose dolphin
(Tursiops truncatus)
Leopard frog
(Rana pipiens)
Painted turtle
(Chrysemys picta)
Cunningham’s skink
(Egernia cunninghami)
Sidewinder
(Crotalus cerastes)
Fossil catfish
(Heteropneustes fossilis)
American bullfrog
(Rana catesbeiana)
Rat
(Rattus norvegicus)
Chicken
(Gallus domesticus)
Zebrafish
(Danio rerio)

Experimental
condition

Peripheral blood cell counts
Increase

Decrease

Hematopoietic observation
Decrease hematopoietic cells
in armor dermal bone marrow

Winter
Winter

[85]

RBC size
RBC, HGB,
HCT
RBC, HGB,
HCT

Winter
Winter

[70]
[84]

RBC, HGB

Summer

Reference

[86]
[87]

5∘ C

HCT

2∘ C

HCT

[89]

8∘ C

HCT, HGB

[90]

20∘ C

RBC lifespan extends

RBC, HGB,
HCT

[91]
RBC, HGB,
HCT, WBC
RBC, WBC,
TBC

18∘ C
5∘ C

[88]

[92]
[93]

5∘ C

RBC, HGB,
HCT

[72]

10∘ C

HGB, HCT

[73]

17∘ C

African clawed frog
(Xenopus laevis)

5∘ C

Mouse
(Mus musculus)
European hamster
(Cricetus cricetus)
Syrian hamster
(Mesocricetus auratus)
Rat
(Rattus norvegicus)

5∘ C

RBC, WBC,
TBC
HCT, HGB

Downregulate erythropoietic
genes expression level
Enhanced hepatic erythrocyte
destruction
Newly produced erythrocytes
are confined to the liver

[94]

Upregulate erythropoiesis

[74]

[39]

Hibernation

WBC, TBC

[95]

Hibernation

TBC

[72]

Transposing the tail
into the abdomen

Maintain the hematopoiesis in
bone marrow of tail vein

[71]

RBC, erythrocyte; HGB, hemoglobin; HCT, hematocrit; WBC, leukocyte; TBC, thrombocyte.
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Vertebrate erythrocytes and thrombocytes arise from the common bipotent thrombocytic-erythroid progenitors (TEPs). Even
though nonmammalian erythrocytes and thrombocytes are phenotypically very similar to each other, mammalian species have
developed some key evolutionary improvements in the process of erythroid and thrombocytic differentiation, such as erythroid
enucleation, megakaryocyte endoreduplication, and platelet formation. This brings up a few questions that we try to address in this
review. Specifically, we describe the ontology of erythro-thrombopoiesis during adult hematopoiesis with focus on the phylogenetic
origin of mammalian erythrocytes and thrombocytes (also termed platelets). Although the evolutionary relationship between
mammalian and nonmammalian erythroid cells is clear, the appearance of mammalian megakaryocytes is less so. Here, we discuss
recent data indicating that nonmammalian thrombocytes and megakaryocytes are homologs. Finally, we hypothesize that erythroid
and thrombocytic differentiation evolved from a single ancestral lineage, which would explain the striking similarities between these
cells.

1. Introduction
Hematopoiesis is mediated by self-renewal and differentiation of hematopoietic stem cells (HSCs) and their progenies,
which is tightly controlled through a complex array of
extrinsic and intrinsic factors [1, 2]. Dysregulation of some
of these pathways can lead to distinct hematopoietic disorders, such as anemia, thrombocytopenia, and myelogenous
leukemia, predominantly caused by defects in the erythroidmegakaryocytic compartment [3, 4]. It is well accepted
that mammalian megakaryocytes and erythrocytes are generated from common bipotent megakaryocyte-erythrocyte
progenitors (MEPs) [5]. In mammals, megakaryocytes are
formed by endoreduplication of megakaryoblasts to generate
polyploid cells. Once the ploidy state of 8–64N is reached,
megakaryocytes produce thrombocytes (in mammals also
referred to as platelets) [6]. The key mediator of this process is
thrombopoietin (TPO) [7, 8]. Red blood cells (RBCs) do likewise develop from MEPs through several stages of committed
progenitors, termed burst-forming units-erythroid (BFU-E),
colony-forming units-erythroid (CFU-E), and erythroblasts.
The most prominent factors regulating erythropoiesis in vivo
and ex vivo are erythropoietin (EPO) and stem cell factor
(SCF, or KIT ligand, KITL) [9, 10]. Notably, mammalian

erythroblasts undergo chromatin condensation and nucleus
extrusion, giving rise to enucleated mature erythrocytes [11,
12]. In contrast, nonmammalian vertebrates possess nucleated oval-shaped diploid thrombocytes [13, 14] and RBCs
[15] (Figure 1). Similarly to mammals, both of these lineages
have been demonstrated to arise from bipotent progenitors,
termed thrombocyte-erythrocyte progenitors (TEPs), cells
equivalent to mammalian MEPs [16, 17].
The present review aims to summarize the ontology and
phylogeny of erythro-thrombocytic differentiation in vertebrates. Here, we highlight the relationship between mammalian and nonmammalian erythroid and thrombocytic
cells. Moreover, despite the morphological and functional
differences between erythroid and thrombocytic cell lineages,
we provide a model underlining the common evolutionary
origin of these two cell lineages from a single ancestral
precursor.

2. Ontogeny of Thrombocytes and
Erythrocytes
2.1. Models of Adult Hematopoiesis. Both in vivo and ex vivo,
all terminally differentiated blood cells in adult organisms
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Figure 1: A comparative view of erythrocytes and thrombocytes
from zebrafish (Danio rerio), xenopus (Xenopus laevis), chicken
(Gallus gallus), or human (Homo sapiens) peripheral blood. Cells
were smeared on glass slides and stained with May-Grünwald
Giemsa. Photomicrographs were taken at 1000x magnification. Scale
bar is 20 𝜇m.

arise from long-term HSCs (LT-HSC) [18, 19] that have
unlimited self-renewal capacity. Direct downstream progenies of HSCs, termed short-term HSCs (ST-HSCs) and multipotent progenitor cells (MPPs), are progressively losing their
self-renewal capability upon commitment. According to the
most prevalent classical hierarchical model of hematopoiesis
(Figure 2) [20, 21], the MPPs further give rise to common
lymphoid progenitors (CLPs) and common myeloid progenitors (CMPs). CLPs are responsible for production of
lymphoid cells, whereas CMPs differentiate into granulocytemonocyte progenitors (GMPs) and bipotent MEPs/TEPs
that are responsible for generation of thrombocytes and
erythrocytes [6, 16, 17], the most abundant and specialized
cell types in the adult organism.
Although the hierarchical model of hematopoiesis has
been generally accepted over years, recent development of
state-of-the-art technologies led to discoveries of alternative
hematopoietic pathways that are either bias or bypass certain
multipotent progenitors. This includes the myeloid/lymphoid
biased model [22], revised model for adult hematopoiesis
[23], myeloid based model [24], or myeloid bypass model
[25]. Some of these models are in accordance with the classical hierarchical model and provide alternative pathways for
development of more specialized cell types at a much higher
hierarchical level than previously realized. Although detailed
examination of these pathways goes beyond the scope of this
review, we would like to highlight those alternative models
that refer to production of erythroid and megakaryocytic cells
(Figure 2).
First evidence suggesting a direct pathway leading from
HSCs to MEPs was based on the identification of a subset of HSCs, marked by Lineage− Sca1+ c-Kithigh (LSK) and
Flt3− antibodies, which may have given rise directly to
MEPs [22]. This is in agreement with recent findings,
further proving that the LSK CD150+ CD48− CD34− subset
of HSCs is capable of short-term and long-term platelet

reconstitution as well as reconstitution of other erythromyeloid, but not lymphoid, cell lineages [26]. Extensive
single-cell transplantation experiments revealed the presence of long-term megakaryocyte repopulating progenitors
(MkRPs), megakaryocyte-erythroid repopulating progenitors (MERPs), and common myeloid repopulating progenitors (CMRPs) within the CD150+/− CD41+/− CD34− LSK
cells (Figure 2) [25]. While CMRPs were shown to be
generally present within the CD34− LSK fraction of cells,
MkRPs and MERPs seem to be present only within
the CD150+ CD41− CD34− LSK or CD150− CD41+ CD34− LSK
fraction of cells. As a follow-up, the intermediate pathway bridging MkRP and megakaryocytes was identified,
and fully restricted unipotent megakaryocyte progenitors
CD41+ CD42b+ LSK were characterized recently [27].
Importantly, the experimental data suggesting alternative
erythroid and megakaryocytic pathways are solely based
on experiments performed in mammalian hematopoietic
models and there is a lack of evidence of their existence in
nonmammalian vertebrate species. We can only speculate
whether these pathways evolved in mammals only or whether
they are evolutionarily conserved. One may presume that
these mechanisms might play an important physiological role
in the steady-state and emergency hematopoiesis.
2.2. Extrinsic Factors Involved in Erythro-Thrombopoiesis.
Erythro-thrombocytic differentiation has been shown to be
regulated by multiple cytokines (Figure 3), many of which
have broad effects on all hematopoietic lineages. The most
important factors regulating erythropoiesis are EPO and SCF
[9, 10]. EPO interacts with its cognate receptor, EPOR, and
promotes erythroid progenitor self-renewal, survival, and
differentiation, while SCF mediates proliferation of these
progenitors. Other important factors that control erythropoiesis include fibroblast growth factor 2 (FGF2) [28], insulin
(INS), insulin-like growth factor 1 (IGF1) [29], transforming growth factor 𝛼 (TGF𝛼) and TGF𝛽 family members
(TGF𝛽, bone morphogenetic protein 4, BMP4) [30–34], and
glucocorticoids (GCs, such as dexamethasone, Dex) [35].
These factors could either promote erythroid progenitor selfrenewal or take part in their differentiation, depending on the
cooperating signals. Further cytokines that act synergistically
with the lineage-restricted factors and that could instrument
both erythroid and thrombocytic differentiation pathways
are interleukin 3 (IL3), IL6, IL11, granulocyte-colony stimulating factor (G-CSF), granulocyte-macrophage CSF (GMCSF) [36, 37], and the previously mentioned SCF [10, 38].
These factors act as early modulators of upstream progenitors in erythroid and thrombocytic differentiation, driving
their self-renewal, or promote megakaryocytic maturation.
Other cytokines involved in thrombocytic differentiation,
megakaryocytic maturation, or platelet biogenesis include,
besides TPO, also IL12 and SDF1 [36]. TPO interacts with
its cognate receptor, TPOR (c-MPL) [39, 40]. Its signalization
seems to be strongly required for thrombopoiesis, since mice
lacking c-MPL signaling are highly thrombocytopenic [41].
It is interesting that EPO and TPO signaling share
many common features. Both ligands belong to the fourhelix bundle cytokine family and share a highly conserved
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Figure 2: Models of mammalian adult hematopoiesis with respect to the megakaryocytic-erythroid compartment (grey box). Hierarchical
[20, 21] (black arrows) and myeloid bypass [25] (red arrowheads) models of hematopoiesis are shown. According to the conventional
hierarchical model of hematopoiesis, the bipotent megakaryocyte-erythroid progenitors (MEPs) are able to give rise to megakaryocytes
and erythrocytes. The alternative myeloid bypass model predicts the existence of various myeloid repopulating progenitors (MyRPs) as
a subset of long-term hematopoietic stem cells (LT-HSCs), such as common myeloid repopulating progenitors (CMRPs), megakaryocyte
repopulating progenitors (MkRPs), and megakaryocyte-erythroid repopulating progenitors (MERPs). These progenitors are capable of longterm repopulation and differentiation into the particular cell lineages. ST-HSC: short-term HSC; MPP: multipotent progenitor cell; CLP:
common lymphoid progenitor; GMP: granulocyte/monocyte progenitor; CFU-Mk: colony-forming unit-megakaryocyte; BFU-E: burstforming units-erythroid; CFU-E: colony-forming units-erythroid.

amino-terminal EPO/TPO domain [42]. In mammals, TPO’s
C-terminal portion encodes a highly glycosylated domain
[43, 44] that is missing in nonmammalian vertebrates [16,
17] and its role in mammals is to regulate the half-life
of TPO in the circulation [41]. EPO and TPO share four
conserved cysteine (Cys) residues that form disulfide bonds
[16, 17, 45] responsible for keeping the ligand’s tertiary
structure. Importantly, EPOR and TPOR are also reminiscent
of each other. Both receptors belong to the family of type
I cytokine receptors [46, 47]. The extracellular domains
of these receptors [48] are characterized by the presence
of four conserved Cys residues and a tryptophan-serinex-serine-tryptophan (WSXSW) motif, involved in ligand
binding and receptor signaling. Class I receptors possess
one transmembrane domain, and their intracellular region
consists of two conserved domains, Box1/Box2, involved
in mediating downstream signals. Other important features
of these receptors are intracellular tyrosine residues, many
of which are conserved throughout the vertebrate species
(Figure 3). The only structural difference between EPOR and

TPOR is that the extracellular domain has been duplicated
in TPOR, having eight conserved Cys residues and two
WSXSW motifs [46]. The activation of EPOR as well as
TPOR occurs through the receptor homodimerization upon
ligand binding, which in turn triggers similar downstream
signaling pathways. These similarities between EPO/TPO
ligands and their receptors suggest that they might have
evolved from a single ligand/receptor by a duplication event
during evolution.
2.3. Intrinsic Factors Involved in Erythro-Thrombopoiesis. The
intracellular signaling pathways mediated by EPOR and
TPOR overlap to a large extent (Figure 3). Neither EPOR
nor TPOR have an intrinsic enzymatic activity and their
signaling is primarily dependent on associated Janus kinase
2 (JAK2) [49, 50]. Particularly, receptor homodimerization
leads to autophosphorylation of JAK2 that is bound to
Box1/2 and that in turn phosphorylates the receptor itself
as well as other signaling molecules. Both EPOR and TPOR
stimulate JAK2-mediated phosphorylation of STAT5 (signal
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Figure 3: Composite summary of the most prominent factors and signals involved in the regulation of erythro-thrombopoiesis. Erythroid
signals are in red, thrombocytic signals are in blue, and signals involved in both differentiation pathways are depicted in black. Human TPO
ligand and TPOR are shown in blue; human EPO and EPOR are shown in red. Tyrosine residues (Y, pink lines) in TPOR/EPOR intracellular
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boxes represent Box1/Box2. Cs represent conserved Cys residues; ∗s represent glycosylation sites.

transducers and activators of transcription), activate the
phosphatidylinositol 3-kinase (PI-3K)/AKT pathway, and
promote mitogen-activated protein kinase (MAPK) signaling
[49, 50]. This is achieved by recruitment of GRB2 either
directly or indirectly via the adaptor molecule SHC, while
GRB2 further activates SOS, RAF, and MEK proteins, finally
triggering MAPK activation [51, 52]. In contrast to EPOR,
TPOR is a much more potent activator of the MAPK pathway
and STAT3 signaling [53]. Conversely, it has been shown
that EPOR interacts with LYN kinase, which can bind to
JAK2 and affects STAT5 [54]. EPOR and TPOR signaling
is limited by a negative feedback loop employing SHP1 and
SHIP phosphatases and suppressors of cytokine signaling
(SOCS1, SOCS3) [49, 55, 56].
The described signaling networks work either in concert
or antagonistically to drive specification of erythroid and
thrombocytic cell lineages. This is mainly governed by the
balanced activity of transcription factors binding to GATA

or ETS motifs and others [57], including GATA binding
factors, GATA1, GATA2; ETS factors, ETS1, ETS Variant 6
(ETV6/TEL), friend leukemia virus integration 1 (FLI1), GAbinding protein transcription factor (GABP𝛼); and other
factors, runt-related transcription factor 1 (RUNX1/AML1),
c-MYB (MYB), friend of GATA1 (FOG1), growth factor
independent 1B (GFI1B), nuclear factor-erythroid2 complex
(NFE2, NFE2, and MAFK subunits), LIM domain only 2
(LMO2), T-cell acute lymphocytic leukemia 1 (TAL1/SCL),
and Krüppel-like factor (KLF1) [3, 57–59]. It is the interaction
and crosstalk between these transcription factors that makes
the system complex. A number of these transcription factors,
such as FOG1, GATA1/2, GFI1B, LMO2, NFE2, and TAL1,
are critical for both erythroid and thrombocytic development, whereas others are rather dedicated to unilineage
differentiation, such as the erythroid EKLF and MYB or
the thrombocytic ETS1, ETV6, FLI1, GABP𝛼, and RUNX1
(Figure 3). From this overview, it is more than apparent that
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Figure 4: Nonmammalian and mammalian model of erythropoiesis and thrombopoiesis. According to the integrated model of
hematopoiesis, mammalian erythrocytes and megakaryocytes have likely evolved from their nonmammalian erythroid and thrombocytic
homologs as an evolutionary improvement. Nonmammalian erythrocytes and thrombocytes are phenotypically similar (nucleated, diploid
oval-shaped cells), whereas mammalian megakaryocytes and erythrocytes are very different from each other. Numbers indicate the
proliferation potential of particular progenitors. TEP: thrombocyte-erythroid progenitor; CFU-T: colony-forming unit-thrombocyte.
Modified from Bartunek et al. [16] and Svoboda et al. [17].

erythroid and thrombocytic signaling share many common
features, further suggesting a common evolutionary origin of
EPO/TPO signaling pathways.

3. Phylogeny of Erythrocytes and
Thrombocytes in Vertebrates
Mammalian and nonmammalian erythro-thrombocytic cells
appear to be phenotypically very different as a result of
divergent evolution. It has been shown that mammals and
birds split off from their lizard-like ancestors 310 million
years ago [60]. Since that time, certain aspects of erythroid
and thrombocytic differentiation have changed; adult mammalian RBCs possess the unique feature of being enucleated, and mammalian thrombocytes are not individual cells
but fragments of megakaryocytes. These adaptations likely
enhanced the biological performance of the corresponding
cells, which could be demonstrated on a few examples.
Enucleated erythrocytes are more flexible and the lack of the
nucleus creates more intracellular space for hemoglobin. This
provides a typical biconcave shape, increasing the surface area

for an efficient oxygen exchange [61]. Mammalian platelets
are generated in very high numbers (thousands of platelets
per one megakaryocyte), as compared to nonmammalian
thrombocytes, and are much smaller and more flexible. These
features ensure their efficient spreading and increased resistance to fluid shear forces [62]. Both of these improvements
in erythrocytes and thrombocytes allowed development of
thinner capillaries in mammals, preventing their possible
blockage [61, 62]. It is likely that these enhancements provided a survival advantage to early mammalian species.
However, these enhancements also bring up the question
of the evolutionary origin of these cells. Hypothetically,
mammalian erythrocytes and megakaryocytes could have
evolved de novo, functioning as analogs of nonmammalian
erythrocytes and thrombocytes [17]. Conversely, they might
have evolved as a possible improvement from ancestral
erythro-thrombocytic cells, as previously discussed, indicating that mammalian and nonmammalian erythrocytes and
thrombocytes are homologs. Indeed, the following lines of
evidence suggest that the latter hypothesis may be more
probable (Figure 4).
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First, the initial commitment of both lineages requires
involvement of similar signaling pathways and transcription factors throughout the vertebrate phylum. The most
prominent factors required for erythroid differentiation that
were found to be functionally conserved from fish to man
are FOG1, GATA1, GATA2, KLF1 (zebrafish ortholog Klf4),
LMO2, MYB, NFE2, TAL1, and others [17, 63–66]. Similarly,
the list of conserved factors that are involved in vertebrate
thrombopoiesis includes ETS1, FLI1, FOG1, GATA1, GATA2,
NFE2, RUNX1, TAL1, and others [17, 64, 67–69]. Second,
multiple zebrafish mutant lines or knockdowns have been
generated that recapitulate common human disorders, such
as various types of anemia, protoporphyria, or thrombocytopenia [64, 70, 71]. Many of these mutants and knockdowns
are affected in the same loci that are relevant to human
diseases, which further highlights the similar mechanisms
underpinning these processes. Third, the processes involved
in hemostasis are highly conserved among mammalian and
nonmammalian vertebrates; platelets and thrombocytes are
activated by the same stimuli, and blood clotting takes place
in an almost identical way [62, 71].
Finally, the last piece of evidence favoring the hypothesis that megakaryocytes likely evolved as a thrombocytic
improvement is based on characterization of the relationships
between zebrafish hematopoietic progenitors and on mapping their proliferation kinetics. Multiple studies indicate that
mammalian BFU-E progenitors are capable of 9 to 16 cell
divisions during their maturation, depending on the presence
of cooperating factors [72]. The CFU-E progenitors are
capable of at most 6 cell divisions [72] and megakaryocytes
endoreduplicate approximately 2 to 5 times [73] to form 8–
64N cells. In line with this observation is the study indicating
that the number of cell divisions during zebrafish erythroid
and thrombocytic terminal differentiation is closely matched
to mammalian species [17]: the zebrafish BFU-E progenitors
are capable of 9 to 15 cell divisions, depending on cooperative
signals, the CFU-E progenitors can undergo 6 cell divisions,
and thrombocytes can undergo 5 cell divisions during their
terminal differentiation.
Taken together, these data led to the establishment of the
“integrated model of hematopoiesis” [17] (Figure 4), proposing that despite striking phenotypic differences between
mammalian megakaryocytes and nonmammalian thrombocytes, there is a clear link between mammalian and
nonmammalian erythroid and thrombocytic cells in terms
of their molecular control and their proliferation potential.
This model further suggests that mammalian erythrocytes
and megakaryocytes have evolved from nonmammalian erythrocytes and thrombocytes as their possible improvements,
which implies their homologous relationship.

4. Origin of Erythrocytes and
Thrombocytes in Vertebrates
Up to now, we have discussed the evolutionary development
of mammalian erythrocytes and megakaryocytes from nonmammalian homologous cells. However, in this chapter we
would like to focus on the hypothetical origin of erythroid
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and thrombocytic differentiation programs from ancestral
vertebrates. According to the generally well-accepted evolutionary hypothesis, the invertebrate and vertebrate species
bifurcated approximately 520–550 million years ago [60].
This resulted in enormous divergence of these species and
led to de novo parallel formation of various analogous
features. Even though many invertebrate animals possess
both erythrocyte-like and thrombocyte-like analogous cells,
commonly referred to as amebocytes, coelomocytes, hemocytes, or thrombocytoids, these cells are not considered to
be the progenitors of vertebrate erythro-thrombocytic cells
[74–77]. Therefore, erythrocytes and thrombocytes found in
cyclostomates and fish are the first cells that have evolved to
be particularly specialized in oxygen transport or hemostasis
[13, 78–80]. Both cell lineages likely first appeared in direct
fish ancestors and it is highly probable that both differentiation programs split from one ancestral differentiation program after its duplication (Figure 5). This view is supported
both by similar cell characteristics (similar oval shape, condensed nuclei, and proliferation coupled to differentiation)
and by similar or shared regulatory molecules, as previously
discussed. This includes the structural and functional resemblance between EPO and TPO signalosomes, likely derived
from a single ligand-receptor complex due to a duplication
event. As discussed above, both EPO and TPO mediate
substantially redundant signaling and activate similar signaling pathways and transcription factors. This has been
well illustrated experimentally as TPO expanded erythroid
progenitors [7, 81] and, strikingly, TPO in combination with
SCF and IL11 was shown to substitute for EPO signaling in
the erythroid progenitors derived from Epor deficient mice
[82]. Conversely, EPO was shown to synergize with TPO
to promote megakaryocyte colony growth and maturation
[36, 83].
In summary, based on the integrated model of
hematopoiesis we propose the “Common ancestral erythrothrombocytic hypothesis.” This hypothesis predicts the existence of ancestral vertebrate organisms with unilineage differentiation, leading to ancestral erythrocytes/thrombocytes
or erythro-thrombocytes with dual function. This unilineage
differentiation program might have been further duplicated
during the evolution of early vertebrates, giving rise to
specialized erythroid and thrombocytic differentiation
programs in conjunction with EPO/TPO signaling.

5. Conclusions
Erythroid and thrombocytic differentiation share many
common features. Besides phenotypic similarities between
erythrocytes and thrombocytes found in nonmammalian
vertebrates, this includes the common progenitors of these
cells (TEPs/MEPs), similarities between EPO and TPO
signaling, and shared signaling mechanisms mediating the
lineage commitment. These similarities are also present in
mammalian species, while the basic molecular mechanisms
driving erythro-thrombocytic lineage commitment seem to
be evolutionarily highly conserved. The integrated model
of hematopoiesis (Figure 5) suggests that mammalian
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Duplication:
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Figure 5: The common ancestral erythro-thrombocytic model predicts the existence of unilineage differentiation in ancestral vertebrates,
leading to ancient erythroid or thrombocytic cells or erythro-thrombocytic cells with dual function. Hypothetical duplication of cell types
and their signalosomes led to the origin of erythrocytes with EPO signaling and to the origin of thrombocytes together with TPO signaling.

megakaryocytes and erythrocytes likely evolved as an
improvement of their ancestral counterparts (found in
nonmammalian vertebrates) to increase their biological
performance during oxygen transport and hemostasis. This
indicates that mammalian and nonmammalian erythrocytes
and thrombocytes did not evolve de novo but instead are
homologous.
Finding the actual relationship between the mammalian
and nonmammalian blood cells might have a major impact
on hematopoietic research. Since the employment of mammalian model organisms brings only partial progress due to
the interference with sophisticated mammalian megakaryocytic and erythroid enhancements, nonmammalian model
organisms, such as chicken or zebrafish, could then be
efficiently utilized to identify novel key regulators of cell fate
determination.
In addition to this and based on the described similarities between erythroid and thrombocytic differentiation, we
suggest that both cell lineages have evolved from a single
ancestral differentiation program. This was likely mediated by
the duplication of the ancestral cell type and its signalosome
during the evolution of early vertebrates.
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