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Biofilms have nowbeen recognized as a predominant life style
of several bacteria and fungi, wherein single-cell organisms
assume a temporary multicellular lifestyle. A hallmark of
biofilms is the formation of an extracellular matrix or EPS
(extracellular polymeric substances) that forms a thick layer
encasing the microbial cells, thereby protecting them from
antimicrobials and from the host immune response. Hence,
the treatment of biofilm infections has become a challenge
and has attracted significant scientific attention. To address
this important issue we therefore present a number of reviews
and research papers focusing on the control of biofilms in a
special issue of this journal.

One of the papers in the special issue points out that
siderophore molecules such as transferrin have a major
impact on Bacillus thuringiensis biofilms. This is important,
as it is well known that members of the genus Bacillus
survive even in adverse conditions. The study showed for the
first time that the molecule transferrin helps B. thuringiensis
to be established and sustained as biofilms and provides
important information regarding the mechanism of biofilm
establishment of this bacterium. Another paper reports on
the development of a novel antibiofilm dressing technology
using carboxymethylcellulose silver-containing dressing and
tests its efficacy on several biofilm models. Results showed
that this wound dressing was also more effective than the

available standard silver dressings in reducing the EPS layer,
the protective biofilm component.

Another paper provides a detailed review about the
recently developed nanotechnology-based biomaterials to
prevent biofilms and discusses various strategies used to
make antibiofilm surfaces. The review pointed out that some
interesting compounds such as dendrimers have antibiofilm
activity and concludes that preparation of cost-efficient
nanobiomaterials is the “need of the hour.” An additional
review article in this special issue deals with oral biofilm
models. Since bacterial species present in the oral cavity
predominantly live in a biofilm life style, oral biofilm models
have become important to study as to how these bacteria form
biofilms or to understand the functioning of oral microcosm
in a biofilm. The review gives a detailed account on the pros
and cons of the currently existing oral biofilm models and
finally advocates that the right model should be chosen based
on the rationale to be addressed.

S. Gowrishankar et al. report a very interesting obser-
vation about the presence of biofilm forming methicillin-
resistant Staphylococcus aureus (MRSA) strains from pharyn-
gitis patients. The coexistence of MRSA along with Group
A Streptococcus (GAS), the causative agent of pharyngitis,
stresses the need for a broad-spectrum antibiofilm agent that
acts on both the biofilm inhabiting species. Since biofilms
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formed by food borne pathogens or food spoilage bacteria
on food processing equipment are the main cause for food
contamination, two papers address this burgeoning problem
in this issue. Till date, it is thought that disinfection of food
processing plants by sanitizers is the most feasible option
for food industries. L. Cincarova et al. show that usages of
sublethal concentrations of disinfectants are not effective in
removing biofilms of S. aureus isolated frommeat processing
plants. This study emphasizes the need for optimizing the
exact dosage and duration of disinfectants in food industries.
An additional common problem encountered in food indus-
tries is biofilm formation by Asaia sp. on production lines of
soft drink plants which eventually contaminates soft drinks
even in the presence of preservatives. H. Antolak et al. show
that that polyphenolics present in bilberry and blackcurrant
juices prevented the adhesive property of Asaia sp. The
authors further state that bilberry and blackcurrant juices
which can prove to be interesting alternatives to artificial
additives to keep the microbial stability of final products.
Drug resistance by biofilm forming pathogens has reached
alarming proportions worldwide. This necessitates the need
of new antimicrobial agents, either synthetic or natural
products, to treat these recalcitrant infections.The final paper
of this issue addresses this important problem wherein B.
Fu et al. show that a Chinese medical herb Herba Patriniae
inhibited themature biofilms of Pseudomonas aeruginosa and
also decreased the exopolysaccharide (EPS) production.

Nithyanand Paramasivam
Shunmugiah Karutha Pandian

Ariel Kushmaro
Supayang Voravuthikunchai

Aruni Wilson
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New antimicrobial agents are urgently needed to treat infections caused by drug-resistant pathogens and by pathogens capable
of persisting in biofilms. The aim of this study was to identify traditional Chinese herbs that could inhibit biofilm formation
of Pseudomonas aeruginosa, an important human pathogen that causes serious and difficult-to-treat infections in humans. A
luxCDABE-based reporter system was constructed to monitor the expression of six key biofilm-associated genes in P. aeruginosa.
The reporters were used to screen a library of 36 herb extracts for inhibitory properties against these genes. The results obtained
indicated that the extract of Herba patriniae displayed significant inhibitory effect on almost all of these biofilm-associated genes.
Quantitative analysis showed thatH. patriniae extract was able to significantly reduce the biofilm formation and dramatically altered
the structure of the mature biofilms of P. aeruginosa. Further studies showed H. patriniae extract decreased exopolysaccharide
production by P. aeruginosa and promoted its swarming motility, two features disparately associated with biofilm formation.These
results provided a potential mechanism for the use ofH. patriniae to treat bacterial infections by traditional Chinese medicines and
revealed a promising candidate for exploration of new drugs against P. aeruginosa biofilm-associated infections.

1. Introduction

Pseudomonas aeruginosa is a remarkably adaptive bacterial
pathogen which can cause persistent infections in burn
patients, immune-compromised patients, and individuals
with the genetic disease cystic fibrosis. It is one of the most
prevalent nosocomial pathogens, and the infections caused
by P. aeruginosa can be very serious and life-threatening [1].

Biofilm formation is a major characteristic of P. aerugi-
nosa chronic infections [2, 3]. P. aeruginosa cells in biofilms
are surrounded by exopolysaccharides and form a struc-
tured aggregates, and these cells exhibit increased resistance
to antibiotics and other adversary agents [3–6]. Infections
caused by biofilm-forming P. aeruginosa, such as those in
cystic fibrosis lung, are almost impossible to eradicate [7].
There is an urgent need to find novel antimicrobial agents to
control such infections [8, 9].

Traditional Chinese medicines (TCMs) have been widely
used to treat infectious diseases for more than a thousand
years in China.Many components constituents of TCMs have
been found to be very effective in treating bacterial infec-
tions such as gastritis, stomatitis, dermatitis, and bacterial
pneumonia [10]. However, the mechanisms of these herbs in
treatment infectious diseases are mostly unknown.

Herba patriniae is a perennial herbal of TCM, which
contains various beneficial ingredients such as amino acids,
vitamins, minerals, alkaloids, tannins, and saponins. It has
been reported to have functions of antioxidant, antibacterial,
antiviral, blood-activating and stasis-eliminating, promoting
regeneration of liver cells, and anxiety-alleviating.Theboiling
water extracts of H. patriniae had been identified having
anticyanobacteria activity againstMicrocystis aeruginosa [11].

In this study, 36 extracts of 18 Chinese herbs that are
commonly used for treating infection-like symptoms were
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Table 1: Bacterial strains used in this study.

Strains/plasmids Description Source

E. coli DH10B F-mcrA(mrr-hsdRMS-mcrBC)80dlacZ ΔM15ΔlacX74 deoR
recA1 endA1 araD139 Δ(ara leu)7697 galU galK𝜆-rpsl nupG Invitrogen

P. aeruginosa PAO1 Wild type This lab

pMS402 Expression reporter plasmid carrying the promoterless
luxCDABE; Kanr, Tmpr This lab

pKD-pslM pMS402 containing pslM promoter region; Kanr, Tmpr This study
pKD-pelA pMS402 containing pelA promoter region; Kanr, Tmpr This study
pKD-algU pMS402 containing algU promoter region; Kanr, Tmpr This study
pKD-ppyR pMS402 containing ppyR promoter region; Kanr, Tmpr This study
pKD-algA pMS402 containing algA promoter region; Kanr, Tmpr This study
pKD-bdlA pMS402 containing bdlA promoter region; Kanr, Tmpr This study

Table 2: Reporter genes and primer sequences used.

PA
number Gene Function Primer Sequence (5 → 3)

PA0762 algU RNA polymerase sigma factor pKD-algU-S GCACTCGAGAGGATGCCTGAAGACCTC
pKD-algU-A GTAGGATCCGATGGCGATCCGATACAG

PA2243 pslM Succinate dehydrogenase;
fumarate reductase flavoprotein

pKD-pslM-S ATCCTCGAGCGGTGCGCAAGAAGACC
pKD-pslM-A GTTGGATCCCGTAACGCTCGCCCAGTT

PA3064 pelA Glycoside hydrolase;
deacetylase

pKD-pelA-S CGTCTCGAGCTTTCCACTTTGCCACAG
pKD-pelA-A TACGGATCCTACCAGAACGCCACGCT

PA3551 algA
Phosphomannose isomerase;
guanosine 5-diphospho-D-mannose
pyrophosphorylase

pKD-algA-S TGACTCGAGTGAAGGCGGACTGAGAC
pKD-algA-A TATGGATCCGCGACCAGTTTCATC

PA2663 ppyR psl and pyoverdine operon regulator pKD-ppyR-S GCACTCGAGCACTTCTTCTGCTACAGC
pKD-ppyR-A GTAGGATCCAGCACTTGCACAGCAGAC

PA1423 bdlA Biofilm dispersion locus A pKD-bdlA-S GCACTCGAGCGTCATATTTCCGACGAA
pKD-bdlA-A TCAGGATCCGTAGTCTTCCGATTGCG

screened for inhibitory effect against P. aeruginosa biofilms.
We found that the extract of the Chinese herb H. patriniae
significantly inhibited the expression of the genes associated
with biofilm formation in P. aeruginosa PAO1. It reduced
exopolysaccharide production and biofilm formation and
then altered the structure of the mature biofilms.

2. Materials and Methods

2.1. Bacterial Strains andCulture Conditions. Bacterial strains
used in this study are listed in Table 1. All the strains were
cultured in LB (Luria Bertani) broth at 37∘C with orbital
shaking at 200 rpm or on LB agar plates supplemented with
antibiotic of kanamycin (Kan, 50 𝜇g/mL) or trimethoprim
(Tmp, 300 𝜇g/mL) where appropriate.

2.2. Traditional Chinese Medicine Extraction. Traditional
Chinese medicinal herbs were selected according to their
efficacy in treatment of infection-like symptoms in Chinese
medicine. They were obtained from local pharmacy (Yikang

Pharm chain store, China). The pulverized herb was firstly
immerged in 75% ethanol or deionized water, respectively,
for 2 h and then boiled for 2 h additionally (weight to solvent
volume was 1 : 5). The extracts were filtered by filter paper
and were evaporated under vacuum at 35∘C using a rotary
evaporator (Buchi, Switzerland). The concentrated extracts
were then freeze-dried using a lyophilizer and stored at
−80∘C.Thewater extractswere redissolved in deionizedwater
and ethanol extracts were redissolved in methanol and then
sterilized immediately with 0.22𝜇m Iwaki filter before use.

2.3. Gene ExpressionAssay. Key genes algU [12], pslM [13, 14],
pelA [15], algA [16], ppyR [17], and bdlA [18] that are known
to be involved in biofilm formation in P. aeruginosa were
selected to construct luxCDABE-based promoter-reporter
fusions (Table 2). The reporters were constructed as previ-
ously described [19, 20] and were subsequently transformed
into PAO1. Using luxCDABE-based reporters, gene expres-
sion in liquid cultures was measured by light luminescence
(in counts per second) in a Victor3 multilabel plate reader
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(Perkin-Elmer). Strains containing different reporters were
cultivated overnight in LB broth supplemented with Tmp
(300 𝜇g/mL) and then diluted to an optical density at 600 nm
of 0.2. The diluted cultures were used as inoculants. After
additional 2 h incubation, 5 𝜇L cultures were inoculated into
parallel wells on a 96-well black plate containing 93 𝜇L
medium and 2𝜇L herbal extract in different concentrations.
50 𝜇L mineral oil was added to the wells to prevent evapora-
tion. Promoter activities weremeasured every 30min for 24 h
in a Victor multilabel plate reader and bacterial growth was
monitored by measuring OD

600
at the same time.

2.4. Gene Expression Measurement by Real-Time Quantita-
tive PCR (RT-qPCR). Bacterial RNA was extracted using
RNAprep Pure Cell/Bacteria Kit (TIANGEN). 1 𝜇g of RNA
sample was reverse transcribed to cDNA using 1st Strand
cDNA Synthesis Kit (Takara). Real-time qPCR was perfor-
med using SuperReal PerMix Plus (SYBR Green/probe)
(TIANGEN) and primers specific for algU (Forward: 5-
AACACCGCGAAGAACCACCT-3, Reverse: 5-ATCTCA-
TCCCGCAACATCGCG-3), algA (Forward: 5-AGAACT-
GAAGAAGCACGACG-3, Reverse: 5-TTCTCCATCACC-
GCGTAGT-3), pelA (Forward: 5-ATGGCTGAAGGTATG-
GCTG-3, Reverse: 5-AGGTGCTGGAGGACTTCATC-3),
and pslM (Forward: 5-CTATGACGCACGGCAACTGG-3,
reverse: 5-CGCCATTGACCAGGTGCAT-3). The values
obtained were normalized to the housekeeping gene proC
(Forward: 5-CAGGCCGGGCAGTTGCTGTC-3, reverse:
5-GGTCAGGCGCGAGGCTGTCT -3).

2.5. Quantification of the Biofilm Formation. Biofilm forma-
tion was measured in 96-well polystyrene microtiter plate
as described previously with minor modifications [21]. 10 𝜇L
of overnight cultures of PAO1 was added to 90 𝜇L fresh LB
broth containing 160 𝜇g H. patriniae water extract. Same
volume of deionized water was used as control. After being
cultured with shaking at 200 rpm for 1 h the plates were kept
at stationary state at 37∘C for 3 days and 7 days with amedium
replacement at every 24 h interval. Then wells were washed
twice with deionized water gently to remove the planktonic
cells. The sedentary cells were stained with 1% (v/v) crystal
violet solution for 15min. Unbound dye in the wells were
washed off by deionized water before 200𝜇L of 95% ethanol
was added to dissolve the crystal violet stains.The absorbance
of the solutions was then measured at 570 nm [7, 22].

2.6. Biofilm Imaging by Silver Staining Method. To exam-
ine the biofilm structure, silver staining method was used
as described previously with some modifications [23, 24].
Similar to the above described biofilm assay, biofilms were
grown on cover slip (8mm diameter) placed at bottom of
the wells of 24-well plates. 200𝜇L of fresh bacterial culture
was inoculated to 1.8mL TSB supplemented with 3.2mg
H. patriniae. The plates were incubated at 37∘C with TSB
medium replaced every 24 h. After 3 days or 7 days of
cultivation, the cover slip was taken out and washed three
times with saline water to remove the planktonic cells. The
cover slip was immersed in 2.5% glutaraldehyde for 1 h for the
cells fixation and rinsed with distilled water for 1min. Then

the cover slip was immersed in saturated calcium chloride
solution for 15min and rinsed with distilled water for 5min.
The biofilms on the cover slip were then stained with 5%
silver nitrate for 15min, followed by 1%hydroquinone colour-
rendering for 2min and then rinsed with distilled water
for 1min. Fixation was treated with 5% sodium thiosulfate
for 1min, followed by a final water rinse. The cover slip
was placed on an inverted optical microscope for biofilm
structure observation.

2.7. Swarming Motility Assay. Swarming assay was carried
out as previously reported [25]. The medium used for
swarming motility assay consists of nutrient broth (0.8%),
glucose (0.5%), and agar (0.5%). The plates were dried at
room temperature overnight before being used. 2 𝜇L of P.
aeruginosa PAO1 culture (OD600 = 0.5)mixedwith 106.67𝜇g
of H. patriniae water extract was spotted onto the swarming
plate and the one with deionized water was used as blank
control. Plates were incubated at 37∘C for 24 h before the
swarming diameter was measured.

2.8. Measurement of Exopolysaccharide Production. Over-
night culture of PAO1 (OD600 = 0.005) was spotted onto
Congo red plates (1% Tryptone, 1% agar, 4% Congo red,
and 2% Coomassie blue) with or without H. patriniae water
extract. The amount of H. patriniae water extract was 64 𝜇g.
The colony morphology and staining were observed after 3
days of incubation at 37∘C [22].

3. Results and Discussion

3.1. Screening for Herbs with Inhibitory Effect on P. aerugi-
nosa Biofilm-Associated Genes. Eighteen traditional Chinese
medicinal herbswere selected because of their commonusage
for infection-like symptoms. Both boiling water extracts
and ethanol extracts were obtained and used to screen for
antibiofilm activities. Since P. aeruginosa biofilm formation is
directly associated with the activity of several known genes,
we constructed luxCDABE-based reporters to examine the
effect of herb extracts on these genes. The effects of the
crude extracts on the expression of these biofilm-associated
genes (algU, pslM, pelA, algA, ppyR, and bdlA) are presented
in Table 3. The results indicate that different herbal extracts
exhibited various degrees of inhibitory effects on these genes.
The water extract ofH. patriniae showed the most significant
effect on the expression of algU, algA, pslM, and bdlA.
Examples of the gene expression profiles in the presence of
H. patriniae are shown in Figure 1.

To confirm the results obtained from the lux-based
reporter assay, real-time qPCRwas carried out using bacterial
RNA samples isolated in the presence and absence of H.
patriniae.The results are shown in Table 4. In agreement with
the results from the reporter assay, the mRNA levels of algU,
algA, pslM, and bdlA in PAO1 were all significantly decreased
in the presence of H. patriniae extract (at 1.6mg/mL) com-
pared with those in the absence of H. patriniae extract. It
is noted that the inhibition of algU and algA was more
pronounced in the qPCR assay.
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Figure 1: Expressions of algU, algA, pslM, and bdlA in medium with water extract of Herba patriniae. Expressions of algU (a), algA (b),
pslM (c), and bdlA (d) in medium (total volume of 100𝜇L) with 160 𝜇g H. patriniae extract and the controls were the ones without herbal
extract.

The results indicate that many of these herbs have an
inhibitory effect on the genes associated with biofilm forma-
tion in P. aeruginosa.This is somewhat not surprising because
they all have been used for treatment of chronic bacterial
infections in traditional Chinese medicine.

The effect from the water extract of H. patriniae was
remarkable as it inhibited five genes tested. It has been
reported that the herb had antibacterial and antiviral activity.
However, it was noted that the water extract did not inhibit
the growth of P. aeruginosa (Figure 1). Even though conven-
tional antibiotic compounds may exist inH. patriniae against

other bacteria, this result indicates no such component was
present againstP. aeruginosa, at least not at the concentrations
used in our experiments.

Lacking of bacterial killing or growth inhibition activity,
however, may not be a weakness of such herbs in treating
infectious diseases. As discussed in previous reports [26–29],
a promising new class of antipathogenic drugs that target
virulence factors and/or biofilm formation instead of killing
the pathogens hasmany advantages in clinical use. First, these
antipathogenic drugs theoretically are less likely to render
drug resistance in the pathogens because they do not assert
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Table 4: The transcriptional levels of selected genes in PAO1 and PAO1 treated with H. patriniae.

Gene Relative mRNA level determined by ΔCt calculation
Without H. patriniae With H. patriniae 𝑃 value

algU 1.00 0.192 0.014
algA 1.00 0.090 0.011
pslM 1.00 0.695 0.043
bdlA 1.00 0.412 0.036
Note: the mRNA level of each gene was normalized to that of proC. The values shown represent the mean of three different tests.

a selective pressure on the pathogen’s survival. Second, such
therapeutics would unlikely affect other nonpathogenic or
beneficial bacteria, that is, the microbiome in the host.

3.2. Extract of H. patriniae Inhibits P. aeruginosa Biofilm
Formation. From the gene expression results, the extract of
H. patriniae presumably would inhibit the biofilm formation
of P. aeruginosa. To verify such an effect, P. aeruginosa biofilm
formation was compared in the presence and absence of
H. patriniae extract. As shown in Figure 2(a), significantly
less biofilm was formed in the presence of the herb extract
than that without the extract at the irreversible attachment
stage (1 d) and mature stage (3 d and 7 d) after inoculation.
The result is in agreement with the gene expression data,
suggesting the H. patriniae extract could reduce biofilm for-
mation through inhibiting the genes associated with biofilm
formation.

Importantly, the addition of the H. patriniae also dra-
matically altered the structure of the biofilms (Figure 2(b)).
It appears that the herb extract prevented the formation of
mature biofilms, only allowing P. aeruginosa to form smaller
cell clusters. These results indicate that the water extract of
H. patriniae indeed was able to inhibit P. aeruginosa biofilm
formation.

3.3. Water Extract of H. patriniae Inhibited P. aeruginosa
Exopolysaccharide Production. The exopolysaccharide (EPS)
matrix is an important component of biofilm structure
[30]. We compared the exopolysaccharide production in
the presence of H. patriniae extract to those without H.
patriniae extract. As shown in Figure 3, P. aeruginosa PAO1
cells producedmore EPS shown in red by Congo red staining
than the cells with H. patriniae extract. This result indicates
that H. patriniae inhibited P. aeruginosa exopolysaccharide
production and hence affected biofilm formation.

3.4. H. patriniae Water Extract Promoted PAO1 Swarm-
ing Motility. Upon encountering a surface, the surface-
associated behaviors of P. aeruginosa, such as biofilm forma-
tion and swarming, are often coregulated [31]. In P. aerugi-
nosa, swarming motility is reversely correlated with biofilm
formation. Examination of the swarming motility of PAO1 in
the presence and absence of the water extract of H. patriniae
showed that H. patriniae promoted P. aeruginosa swarm-
ing motility (Figure 4(a)). The diameter of PAO1 grown
with 106.67 𝜇g H. patriniae was almost 5.60 cm, while the

control was less than 2.0 cm (Figure 4(b)). Considering the
reverse relationship between swarming motility and biofilm
formation, the enhanced swarming motility by H. patriniae
extract could have contributed the inhibition of biofilm
formation.

Taken together, the extract of H. patriniae clearly inhib-
ited the biofilm formation ofP. aeruginosa. It inhibited several
key genes algU, pslM, pelA, algA, and bdlA that are involved
in biofilm formation. H. patriniae reduced exopolysaccha-
ride production and promoted swarming motility. Increased
motility may reduce adhesion and enable bacteria to actively
escape the biofilm matrix to become planktonic bacteria
[13, 31, 32]. As depicted in Figure 5, multiple factors/pathways
probably have contributed to the reduction of biofilm forma-
tion and the altered biofilm structure in the presence of H.
patriniae.

In a time of resistance to multiple antimicrobial agents
in pathogenic bacteria being spread, there is an urgent need
to develop new antibacterial agents [1, 32]. Drugs against
infections that involve biofilms are particularly required.
Pathogens in biofilm formation are more resistant to con-
ventional antibiotics and other adversary conditions such as
nutritional stress. Biofilms also protect bacterial cells from the
activity of host immune response [33, 34].

Traditional Chinese medicines are a valuable source for
novel antibacterial agents [35–37].The inhibitory effect of the
water extract of H. patriniae against P. aeruginosa biofilms
and biofilm-related phenotypes signifies that H. patriniae
is a promising candidate for treatment of infections caused
by P. aeruginosa biofilms. It could be used in the way of
traditional Chinese medicine or it can be explored for active
compounds.

4. Conclusions

Our results indicate H. patriniae extract could significantly
inhibit the expression of P. aeruginosa genes associated with
biofilm formation, alter the structure, and prevent the forma-
tion of mature biofilms. It also decreased exopolysaccharide
production and promoted swarming motility. These results
provided a potential underlying mechanism for the use of H.
patriniae to treat bacterial infections in traditional Chinese
medicine and revealed a promising candidate for exploration
of new drugs against P. aeruginosa biofilm-associated infec-
tions.
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Figure 2: (a) Inhibition of biofilm production of PAO1 by H. patriniae extract. The control did not contain any herb extract. “∗” indicates
significant difference between the herb group and the control group (𝑃 < 0.05). “∗∗” indicates very significant difference (𝑃 < 0.01). (b)
Micrographs of biofilms formed with and withoutH. patriniae. Top row, PAO1 silver stained biofilms in the presence of extract ofH. patriniae
after 3 days and 7 days of incubation. Bottom row, PAO1 silver stained biofilms without H. patriniae.
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(a) (b)
Figure 3: Photograph of exopolysaccharide production on Congo red plates. (a) Without H. patriniae. (b) With H. patriniae. The colony
morphology and staining were observed after 3 days of incubation at 37∘C.
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Figure 4: Swarming motility of PAO1. (a) PAO1 grown with H. patriniae was at right; the one without herb was at left. (b) The swarming
diameter of PAO1 with H. patriniae, the control was the one without herb. “∗∗” indicates significant difference (𝑃 < 0.01).
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Figure 5: P. aeruginosa biofilm formation and swarming motility in the influence of H. patriniae.
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Thepresent study examined the impact of transferrin onBacillus thuringiensis biofilms.Three commercial strains, an environmental
strain (33679), the type strain (10792), and an isolate from a diseased insect (700872), were cultured in iron restricted minimal
medium. All strains produced biofilm when grown in vinyl plates at 30∘C. B. thuringiensis 33679 had a biofilm biomass more than
twice the concentration exhibited by the other strains.The addition of transferrin resulted in slightly increased growth yields for 2 of
the 3 strains tested, including 33679. In contrast, the addition of 50𝜇g/mL of transferrin resulted in an 80%decrease in biofilm levels
for strain 33679. When the growth temperature was increased to 37∘C, the addition of 50𝜇g/mL of transferrin increased culture
turbidity for only strain 33679. Biofilm levels were again decreased in strain 33679 at 37∘C. Growth of B. thuringiensis cultures
in polystyrene resulted in a decrease in overall growth yields at 30∘C, with biofilm levels significantly decreased for 33679 in the
presence of transferrin. These findings demonstrate that transferrin impacts biofilm formation in select strains of B. thuringiensis.
Identification of these differences in biofilm regulation may be beneficial in elucidating potential virulence mechanisms among the
differing strains.

1. Introduction

Bacillus thuringiensis is a ubiquitous Gram-positive, spore
forming microbe. Because it is employed as a biological pes-
ticide, B. thuringiensis is routinely isolated from agricultural
commodities [1–5].Thismicrobe produces insecticidal toxins
that target select hosts [6, 7]. Taxonomically, B. thuringiensis
falls within the Bacillus cereus sensu lato group of microbes,
which include the human opportunistic pathogen B. cereus
and the zoonotic pathogen Bacillus anthracis [8]. Although
a high degree of genetic similarity is found among the three
strains, B. thuringiensis is considered a distinct species based
on the physiological variations, including virulence factors
[9].

Biofilm development is one of the many physiological
processes that differ within the B. cereus sensu lato group
microbes. The ability to form biofilms is not aligned with a
particular species in the group and can fluctuate from strain
to strain [10]. Biofilm formation is also not correlated with
cell surface moieties or pathogenicity [10, 11]. In B. cereus

clinical strains, microbes recovered from certain niches, like
the oral cavity, are less likely to produce biofilms in cultures.
This phenomenon has not been recorded in B. thuringiensis
[10, 12]. What is evident is that the ability of B. cereus to
form biofilms is contingent on environmental conditions,
including nutrient accessibility [13].

Required in low levels for normal cellular functions, iron
has been verified to regulate biofilm formation in count-
less microbes, including Haemophilus influenzae, Klebsiella
pneumonia, and Escherichia coli [14–16]. Iron is required for
biofilm development in Staphylococcus aureus, Pseudomonas
aeruginosa, and Mycobacterium smegmatis [17–19]. The iron
impact cannot be attributed to growth unaided, as the
increase is more dramatic in biofilms than in planktonic cells
[20]. In B. cereus, the impact of iron on biofilm formation is
highly variable. Only two (2) B. cereus strains demonstrated
an increase in biofilm when iron was restricted, versus nine
(9) strains that had a decrease in biofilm when iron was
limited [21]. In the nine (9) strains that required iron for
biofilm growth, biofilm biomass directly correlated to the
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specific iron source utilized for growth. For example, only
two (2) strains exhibited biofilm concentrations higher in the
presence of transferrin than in the iron restricted samples
[21]. These findings are in direct opposition to reports that
transferrin increases B. cereus sensu lato microbial growth
under iron restriction [22–24].

The present study sought to investigate the impact of
transferrin on B. thuringiensis biofilm physiology. Commer-
cial strains originally isolated from different sources were
assayed for biofilm formation in minimal medium. Turbidity
was monitored in microtiter plates to ascertain whether the
addition of transferrin impacted culture growth. Biofilm
levels were quantified to classify the impact of transferrin on
biofilm biomass of the three different strains.

2. Materials and Methods

2.1. Microbiological Conditions. B. thuringiensis strains were
purchased from the American Type Culture Collection
(ATCC). Strains were randomly selected but included the
type strain (laboratory) and an environmental strain. Strains
were maintained as spores on sporulation agar (23 g nutrient
agar, 0.5 g yeast extract, 6.0mg MnCl

2
, 95.0mg MgCl

2
, and

78.0mg CaCl
2
per liter) at 4∘C. Growth assays were carried

out in a defined minimal medium consisting of MM9 salts
(3 g KH

2
PO
4
, 5 g NaCl, and 10 g NH

4
Cl per liter), glucose

(0.2%), and casamino acids (0.3%). This medium was treated
with Chelex-100 (Bio-Rad) to remove excess iron and filter
sterilized. Metals were added to this sterile medium base at
the following concentrations: 830 𝜇M Mg, 36 𝜇M Mn, and
0.32 𝜇M Zn. This defined medium is referred to hereafter as
CTM for Chelex-treated medium. Holo-transferrin (Sigma)
was purchased in powder form and solubilized in water.
Transferrin was filter sterilized and added to the cultures in
the indicated amounts.

2.2. BiofilmMeasurement. Quantification of biofilm biomass
was performed with the microtiter plate assay as previously
described with somemodifications [21]. Brain-heart infusion
agar (Fisher Scientific) slants were inoculated for overnight
incubation at 37∘C. Overnight cultures were then used to
inoculate CTM at final turbidity (OD

600
) of 0.02 in 96-well

microtiter plates (200𝜇L). Sampleswere incubated overnight,
without shaking. After incubation, growth was measured via
the turbidity (A

620
) with the BioTek Synergy 2 plate reader.

After measuring the turbidity, the plates were inverted to
remove unattached cells. Adherent cells were stained with
crystal violet (200𝜇L) and samples were incubated for at least
1 minute. Plates were then inverted to remove excess dye and
washed thrice with phosphate buffered saline. Plates were
inverted a final time and remained inverted for 5 minutes.
Gram stain alcohol decolorizer (200𝜇L) was added to each
well to solubilize the crystal violet bound to the adherent
cells. The optical densities of these samples are the biofilm
biomass and were measured spectrophotometrically at A

540

with the BioTek Synergy 2. Biofilm level was calculated as the
biomass of the sample divided by the biomass of the sample
without transferrin. Biofilm level indicates either an increase

in biofilm (>1.0) or a decrease in biofilm (<1.0) as compared
to the transferrin-free samples.

2.3. Statistical Analysis. Experiments were repeated 3 times.
Data is the average of themeasurements and error bars, where
indicated, are the standard deviation. A standard 𝑡-test was
performed on data and significance established with 𝑝 <
0.05.

3. Results and Discussions

Production of biofilms has been well documented in Gram-
positive microbes, including the Bacillus species. Elucidation
of the mechanisms that govern biofilm formation in B. cereus
group microbes has implications both in the environment,
where they are frequent contaminants, and in medicine,
where nosocomial infections are linked to various species
[12]. Iron availability has been linked to biofilm formation in
numerous microbes and has emerged as an area of interest
in B. cereus sensu lato group because of its implications in
microbial virulence [24].

Biofilm formation is altered by transferrin in some B.
cereus laboratory and environmental strains [21]. AlthoughB.
anthracis, B. cereus, and B. thuringiensis share many genetic
similarities, the regulatory patterns that govern physiology
vary among the microbes. Thus, while some B. cereus strains
may require iron for optimal biofilm conditions, it is unclear
how iron or any of the potential iron sources will impact
biofilm formation in B. thuringiensis. This member of the
B. cereus sensu lato group has traditionally not been viewed
as pathogenic, as many of the toxin genes target insects, as
opposed to humans. There are cases, however, of human
infections by B. thuringiensis in the immunocompromised,
with some infections characterized by biofilm development
[25–27]. The basis for the present study was to determine
whether transferrin would impact B. thuringiensis biofilm
levels similar to the process observed in B. cereus.

Commercially available B. thuringiensis strains were pur-
chased from the American Type Culture Collection (ATCC)
to examine the potential role of transferrin in biofilm devel-
opment under iron limiting conditions [28]. ATCC strain
33679, serotype H3:3a,3b, is a commonly used strain that
encodes the insecticidal toxins and was originally isolated
from a diseased insect larva. ATCC strain 700872, serovar
israelensis, is an environmental strain isolated from soil.
ATCC strain 10792 is the type strain originally isolated
from animal tissue. Thus, the three strains selected repre-
sent differing origins of isolation. While this has not been
demonstrated to be a determining factor in the ability of B.
thuringiensis to form biofilms, it does provide a comparison
of how isolates might respond to transferrin when cultured
in defined, minimal medium.

CTM containing MM9 was selected as the medium for
biofilm assays. B. cereus demonstrates an iron restrictive
phenotype when cultured in MM9 alone [22]. MM9 sup-
plemented with additional nutrients are more effective for
the growth of B. anthracis [29]. CTM in the present study
contains MM9, glucose, and casamino acids. This minimal
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Figure 1: (a) B. thuringiensis strains form biofilms in iron restrictive medium. CTM was inoculated to an OD
600

of 0.02 in vinyl plates and
incubated for 24 hours at 30∘C. Microtiter plates were inverted to remove unattached cells. Samples were stained with crystal violet and
washed with PBS. Biofilm biomass was detected by the addition of alcohol decolorizer, which was measured atA

540
. Data are presented as the

average, with error bars indicating the standard deviation. (b) B. thuringiensis strains grow in iron restrictive medium. CTM was inoculated
to an OD

600
of 0.02 in vinyl plates and incubated for 24 hours at 30∘C. Culture turbidity was measured at OD

620
. Samples are presented as the

average, with error bars indicating the standard deviation.

medium was then Chelex-treated to remove all metal con-
tamination, which allows for control of the metal composi-
tion in the medium. Although there might be some internal
carryover iron from the overnight growth, B. thuringiensis
cells grown in CTM for 24 hours are iron restricted based on
molecular and biochemical analyses of cultures [30].

Biofilm biomass wasmeasured in strains cultured in vinyl
plates at 30∘C for 24 hours inCTM.All three strains produced
biofilm under the conditions tested. Biofilm formation was
the highest in strain 33679 and the lowest in strain 10792
(Figure 1(a)). Biofilm biomass in strain 33679 was more than
three (3) times higher than in strain 10792 and two (2) times
higher than in strain 700872. These results are consistent
with studies which indicate that biofilm concentration varies
within a given species and demonstrate B. thuringiensis
biofilm formation in minimal medium [31].

Microbial growth was measured spectrophotometrically
in the vinyl plates to identify whether differences in biofilm
could be correlated with differences in culture growth. All
strains grew to similar levels in CTM, with optical den-
sities above 0.5 (Figure 1(b)). Strain 33679 demonstrated
the highest growth yields, but there was no significant
difference in final growth yields between the three strains.
Thus, differences observed in biofilm biomass between the
three strains cannot be attributed solely to culture growth
levels.

While iron is an abundant metal required in only small
quantities for normal cellular processes, microbes cannot
readily access iron during an infection. Transferrin is one
of several host iron binding proteins utilized for growth
by a variety of microbes [32]. In B. cereus, the addition of
transferrin to iron restrictivemedium results in an increase in
growth [22]. Growth yields and biofilm levels were measured
for the three strains cultured in the presence of transferrin
for 24 hours in vinyl plates at 30∘C to observe whether the
compound altered B. thuringiensis physiology.

The addition of transferrin resulted in increased growth
yields for 2 of the 3 B. thuringiensis strains when compared
to the no transferrin cultures. A statistically significant

dose-dependent increase in growth was observed for strain
10792 with transferrin (Figure 2(a)). An increase in growth
was observed for 33679, but the values were not statistically
significant when compared to the no transferrin samples.
Only strain 700872 demonstrated a decrease in growth with
50 𝜇g/mL of transferrin, but only by approximately 3%.Thus,
as in B. cereus, transferrin can increase growth of some, but
not all, B. thuringiensis strains.

The vast differences in biofilm biomass concentrations
made comparison between the three strains difficult, as the
levels for 2 of the strains were considerably lower in the
minimal medium (Figure 1(a)). Thus, the change in biofilm
concentration was measured as a ratio of the biofilm level.
This allowed for a comparison of the impacts of transferrin
on biofilmdevelopment between the strains. For this analysis,
the samples without transferrin were designated the baseline.
Biofilm biomass of the transferrin containing cultures was
measured spectrophotometrically. Each biomass was then
divided by the baseline. Thus, biofilm levels indicate either a
decrease (below 1.0) or an increase (above 1.0) in concentra-
tion relative to the baseline.

While the addition of transferrin resulted in slight
increases in growth for 2 of the 3 strains, transferrin had
the opposite impact on biofilm levels. Transferrin resulted
in a decrease in biofilm formation for 2 strains cultured in
vinyl plates at 30∘C for 24 hours. A statistically significant
dose-dependent decrease in biofilm level was observed in
strain 33679 (Figure 2(b)). Biofilm levels decreased by more
than 50% when strain 33679 was cultured with 10 𝜇g/mL
of transferrin and 80% with 50 𝜇g/mL of transferrin as
compared to the baseline (Figure 2(b)). Strain 700872 had
an 8% decrease in biofilm level with 10 𝜇g/mL of transferrin
and a significant 20% decrease when cells were cultured with
50 𝜇g/mL of transferrin. Although a slight decrease in biofilm
level occurred for strain 10792 with 10 𝜇g/mL of transferrin,
no overall transferrin trend was measured. These studies
suggest that while B. thuringiensis culture growth is increased
with transferrin for some strains, the biofilm levelsmay not be
regulated in a similar manner. Because environmental factors
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Figure 2: (a) B. thuringiensis strains grew in the presence of transferrin. CTM with varying concentrations of transferrin was inoculated
to an OD

600
of 0.02 in vinyl plates and incubated for 24 hours at 30∘C. Culture turbidity was measured in a plate reader at OD

620
. Samples

are presented as the average. Asterisks indicate a statistically significant (𝑝 < 0.05) change as compared to the no transferrin samples. (b)
Transferrin decreases biofilm formation in B. thuringiensis strains. CTM with varying concentrations of transferrin was inoculated to an
OD
600

of 0.02 in vinyl plates and incubated for 24 hours at 30∘C. Samples were analyzed for biofilm biomass as described. Biofilm levels
indicate a change in biomass relative to the baseline. Asterisks indicate a statistically significant (𝑝 < 0.05) change as compared to the no
transferrin samples.

can alter biofilm biomass, it was postulated that the impact
of transferrin on biofilm levels is dependent on additional
factors.

Like many microbes, Bacillus species alter their physiol-
ogy to adapt to the changing environment, allowing them
to survive diverse conditions. Temperature is a critical envi-
ronmental regulator of B. cereus sensu lato physiology [33].
While 37∘C is the preferable temperature for B. cereus and B.
anthracis virulence, lower temperatures are important in the
pathogenicity for the insect pathogenB. thuringiensis [33, 34].
Although the optimal growth temperature forB. thuringiensis
is indicated to be 30∘C, the organism has been isolated from
human infections and, thus, can grow at higher temperatures.

To ascertain whether temperature is important in the
transferrin impact on biofilm formation, B. thuringiensis
strains were cultured in vinyl plates at 37∘C for 24 hours and
assayed as described above. Growth was measured first to
determinewhether the change in temperature altered growth.
Strain 33679 had the highest yields, similar to the values
observed at 30∘C (Figure 3(a)). In contrast, growth for strains
700872 and 10792 at 37∘C was less than growth observed
at 30∘C. The addition of 50 𝜇g/mL of transferrin resulted in
increased growth for 33679 and decreased growth for both
700872 and 10792 as compared to the no transferrin samples,
but the results were not statistically significant.

Biofilm was evident in all B. thuringiensis strains cultured
at 37∘C in vinyl plates.The addition of 10 𝜇g/mL of transferrin
resulted in a slight decrease in biofilm levels for all strains
(Figure 3(b)).The increase of transferrin to 50𝜇g/mL resulted
in additional decreases for strains 33679 and 700872. The

decrease in biofilm levels for strain 33679 was more than 80%
and more than 20% for 700872.These responses were similar
to biofilm levels observed at 30∘C, indicating that transferrin
impacts biofilm development in vinyl plates, regardless of the
temperature for some B. thuringiensis strains.

Temperature is one environmental factor that may play a
role in biofilm formation. In B. cereus, strains demonstrated
a higher affinity to form biofilms based on the growth
substrate. The iron regulation of biofilm formation was more
evident when these microbes were cultured in polystyrene
plates versus other substrates [21]. To examine whether
polystyrene was an effective surface for biofilm formation,
B. thuringiensis strains were cultured as described above in
noncoated polystyrene microtiter plates for 24 hours at 30∘C.

Growth was decreased for all strains in polystyrene plates
when compared to growth in vinyl plates without the added
transferrin. No culture turbidity average was over 0.5, with
all three strains exhibiting growth between optical densities
of 0.3 to 0.4 (Figure 4(a)). It is unclear what role polystyrene
had in growth, as levels were more than 50% decreased when
compared to growth in vinyl plates at the same temperature.
A dose-dependent statistically significant decrease in growth
was observed for strain 33679 in the presence of transfer-
rin (Figure 4(a)). The addition of 50 𝜇g/mL of transferrin
resulted in a statistically significant decrease in growth for all
three strains.

Regardless of the low growth levels, biofilm was detected
in all three strains cultured at 30∘C in polystyrene. The
addition of transferrin to B. thuringiensis 33679 resulted in
a statistically significant decrease in biofilm levels similar
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Figure 3: (a) B. thuringiensis strains grow in vinyl plates at 37∘C. CTMwas inoculated to an OD
600

of 0.02 and incubated for 24 hours at 37∘C.
Culture turbidity was measured in a plate reader at OD

620
. Samples are presented as the average. (b) Transferrin decreases biofilm formation

in certain B. thuringiensis strains in vinyl plates at 37∘C. CTMwas inoculated to an OD
600

of 0.02 and incubated for 24 hours at 37∘C. Samples
were analyzed for biofilm biomass as described. Biofilm biomass was detected by the addition of alcohol decolorizer. Biofilm levels indicate
a change in biomass relative to the baseline. Samples are presented as the average.
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Figure 4: (a) B. thuringiensis strains form biofilms in polystyrene plates. CTM was inoculated to an OD
600

of 0.02 and incubated in CTM
for 24 hours at 30∘C. Culture turbidity was measured in a plate reader at OD

620
. Samples are presented as the average. Asterisks indicate a

statistically significant (𝑝 < 0.05) change as compared to the no transferrin samples. (b) Transferrin decreases biofilm formation in certain
B. thuringiensis strains in polystyrene plates. CTM was inoculated to an OD

600
of 0.02 and incubated for 24 hours at 30∘C. Samples were

analyzed for biofilm biomass as described. Biofilm levels indicate a change in biomass relative to the baseline. Asterisks indicate a statistically
significant (𝑝 < 0.05) change as compared to the no transferrin samples.

to those observed in the vinyl cultures (Figure 1 and Fig-
ure 4(b)). Transferrin increased biofilm levels in strains
700872 and 10792 at 10 𝜇g/mL, but the addition of 50 𝜇g/mL
resulted in a decrease of biofilm levels back to or below
the baseline. Thus, the transferrin impact on B. thuringiensis
33679 is consistent at 30∘C, regardless of the growth substrate.

Biofilms are environmentally important niches that allow
B. cereus microbes to survive under diverse and harsh
conditions. These microbes must use a variety of cues to
regulate the production of the various factors that help to
establish and sustain biofilms. Once established, biofilms
represent an important physiological state where increased
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microbial survival occurs. These are the first studies to
demonstrate a potential role for transferrin in B. thuringiensis
biofilmdevelopment.Within theB. cereus sensu lato group,B.
thuringiensis has traditionally not been viewed as pathogenic,
as many of the identified B. thuringiensis toxin genes target
insects. There are cases, however, of human infections by B.
thuringiensis generally from nosocomial infections [32–34].
Thus, it is important to identify factors that facilitate biofilm
formation in this strain that is a potential health hazard.

The present study highlights the complex regulatory
mechanism that governs biofilm levels in B. thuringiensis.
Biofilm formation is determined by the physiological state
of the microbe, which is dependent on many environmental
variables. The ability of transferrin to impact biofilm forma-
tion was highly variable and dependent on multiple factors.
Additional comparative biochemical and molecular studies
must be performed to identify the regulatory pathways that
govern biofilm formation within the species. The discovery
of these processes may potentially lead to the identification
of additional virulence factors within the B. cereus group.

4. Conclusions

Transferrin can impact biofilm levels in some B. thuringiensis
strains cultured under minimal conditions.This process may
be altered, however, by growth temperature and growth
substrate.
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Biofilm development in wounds is now acknowledged to be a precursor to infection and a cause of delayed healing. A next-
generation antibiofilm carboxymethylcellulose silver-containing wound dressing (NGAD) has been developed to disrupt and kill
biofilmmicroorganisms.This in vitro study aimed to compare its effectiveness against various existingwounddressings and examine
itsmode of action. Anumber of biofilmmodels of increasing complexitywere used to culture biofilms ofwound-relevant pathogens,
before exposure to test dressings. Confocal microscopy, staining, and imaging of biofilm constituents, total viable counting, and
elemental analysis were conducted to assess dressing antibiofilm performance. Live/dead staining and viable counting of biofilms
demonstrated that the NGAD was more effective at killing biofilm bacteria than two other standard silver dressings. Staining of
biofilmpolysaccharides showed that theNGADwas alsomore effective at reducing this protective biofilm component than standard
silver dressings, and image analyses confirmed the superior biofilm killing and removal performance of the NGAD. The biofilm-
disruptive and silver-enhancing modes of action of the NGAD were supported by significant differences (𝑝 < 0.05) in biofilm
elemental markers and silver donation.This in vitro study improves our understanding of how antibiofilm dressing technology can
be effective against the challenge of biofilm.

1. Introduction

Antibiotics and topical antiseptics are commonly used in
wound care to control woundmicrobial bioburden and hence
facilitate healing. In order for any antibiotic or antiseptic to
be effective, it needs to directly contact the microbial cell in
order to induce static or “cidal” effects. However, local factors
within a wound environment often impede the effectiveness
of such antimicrobial agents. If a wound is poorly perfused
and is harbouring antibiotic-resistant microorganisms, then
the effectiveness of a systemically administered antibiotic
is likely to be uncertain [1]. If an antiseptic is delivered
via a wound dressing, then the dressing must be able to
make the antiseptic available to microbial cells; otherwise its
effectiveness will be suboptimal [2]. The variability in the
availability of silver from a variety of wound dressings has
previously been demonstrated in vitro [2].

Another potential barrier to both antiseptics and antibi-
otics in wounds is biofilm. Biofilm is a self-expressed extra-
cellular matrix produced by microorganisms that protects
them from environmental hostilities such as antimicrobial
agents and immune cells [3]. The prevalence of biofilm in
nonhealing wounds is increasingly recognised [4, 5], and
the persistence and recurrence of infections are most likely
attributed to the biofilm effect and consequent tolerance
to antimicrobial agents [6]. With this in mind, there is a
clear clinical need to facilitate antimicrobial effectiveness
(both antibiotics and antiseptics) by introducing antibiofilm
substances that are able to break down biofilm in wounds and
expose associated microorganisms to antimicrobial attack.

A next-generation antimicrobial Hydrofiber dressing
(NGAD; AQUACEL� Ag+ Extra�) has recently been devel-
oped and was designed to disperse wound biofilm and
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enhance the antimicrobial action of ionic silver [7]. In this
study, in vitro biofilm models and microscopic, microbio-
logical, and analytical chemistry methods were developed to
examine the effectiveness of the NGAD at killing biofilm-
associated bacteria, including antibiotic-resistant bacteria,
and its ability to remove dispersed biofilm compared to
standard antimicrobial dressings. Further, this work also
aimed to investigate the mode of action of the NGAD and
the ability of this antibiofilm dressing to disrupt biofilm and
enhance silver penetration into biofilm.

2. Materials and Methods

2.1. BiofilmPreparation. Individual strains of challengemicro-
organisms (Table 1) were grown to log-phase in Tryptone
Soy Broth (TSB) and then diluted with the appropriate
biofilm growth medium (BGM, Table 1) to approximately 1 ×
105 cfu/mL. 7mL aliquots of BGM were dispensed into each
well of deep 6-well plates (BD Biosciences). Anodisc filters
(25mm dia., 0.2 𝜇m pore size; Whatman) were carefully
placed onto the support ribs within each well such that the
BGM was only in contact with the downward-facing surface.
Aliquots of microbial suspensions (0.1mL aliquots of 1 ×
105 cfu/mL suspension for single-species models; 45 𝜇L of S.
aureus and 5 𝜇L ofK. pneumoniae 1 × 105 cfu/mL suspensions
for the polymicrobial model, Table 1) were pipetted onto
the centre of the upper surface of each filter disc. The
plate lid was replaced and the plate incubated at 35 ±
3∘C. After 24 hours (Figure 1(a)) filter discs were removed
and rinsed by moving the filter backwards and forwards 10
times with forceps in 30mL of 0.85% w/v saline to remove
planktonic microorganisms and unattached matter.The filter
disc-supported biofilmswere then used immediately in either
a simple biofilm model or a simulated wound polymicrobial
biofilm model, to test various dressings and analyse their
effects using multiple methodologies (Table 1).

2.2. Dressing Applications. Dressings tested are described in
Table 2. Note that for analysis of K+, Mg2+, Ca2+, and Zn2+
ions in residual biofilm it was only possible to reliably test
the CMC-containing dressings, which have a proprietary
elemental composition known to the authors. The K+, Mg2+,
Ca2+, and Zn2+ contents of the NCSC and SNAD dressings
are unknown.

2.3. Simple Biofilm Model. Filter disc-supported biofilms
were placed biofilm uppermost into individual 55mm Petri
dishes. 24mm diameter circles of the test dressings were
applied (Figure 1(b)) as stated in the respective manufac-
turer’s instructions for use, hydrating with sterile water or
saline as indicated (e.g., forCMC, SCMC, and theNGAD, this
was 0.7mL aliquots of sterile saline). Dressings were left in
contact with the biofilm for 24 or 48 hours (Table 1) at 35±3∘C
in the closed Petri dishes, following which the dressings were
gently removed by gripping one edge with forceps and rolling
back the dressing. The exposed residual biofilm-containing
filter disc was analysed immediately. A minimum of six

replicates were performed for each test dressing and no-
dressing control.

2.4. Simulated Wound Polymicrobial Biofilm Model. In a
more complex model, simulated wound set-ups were created
by covering Perspex plates with bovine leather (simulating
periwound skin) and cutting out a circular hole into which a
55mm Tryptone Soy Agar (TSA) contact plate (simulating a
moist wound bed containing a reservoir of isotonic nutrients)
could be tightly fitted [7, 9]. 24-hour, filter disc-supported,
S. aureus-K. pneumoniae biofilms were centrally placed on
the plate, biofilm uppermost (Figure 2(a)). Test dressings
were applied and hydrated with the relevant amount of
simulated wound fluid (50% foetal calf serum and 50%
maximal recovery diluent) using manufacturer’s instructions
as a guide (Figure 2(b)). The hydrated test dressing was then
covered with an appropriate secondary dressing (AQUACEL
Foamdressing) (Figure 2(c)).The assembled testmodelswere
incubated for 48 hours at 35 ± 3∘C before the dressings were
removed as in the simple biofilm model (Figure 2(d)).

2.5. Biofilm Analyses

2.5.1. Staining. A staining procedure was undertaken to
determine the viability of biofilm bacteria prior to and after
exposure to the test dressings. Using both the simple biofilm
and the simulated wound polymicrobial biofilm models,
biofilm controls (at the start and end of each experiment)
and residual biofilm samples (after dressing removal) were
exposed to Live/Dead� BacLight stain (Molecular Probes,
Invitrogen) for 10 minutes at room temperature in dark-
ness prior to analysis. Calcofluor White (Fluka� Analytical)
staining at room temperature in darkness was used to
establish the effect of the dressings on the biofilmextracellular
polymeric substances (EPS). In the case of the simulated
wound polymicrobial biofilm model, peptide nucleic acid
fluorescence in situ hybridisation (PNA FISH, AdvanDx Inc.)
was used to differentiate the two organisms (S. aureus and K.
pneumoniae) using fluorescent labels to enable visualisation
of the polymicrobial biofilm population. PNA FISH was
conducted according to themanufacturer’s instructions, with
the exception of a 90-minute hybridisation step at 55 ±
1∘C, and omission of a water rinse step. Stained samples
were examined immediately using confocal laser scanning
microscopy (CLSM; Leica TCS SP2, LeicaMicrosystems) and
images were captured for later analysis.

2.5.2. Image Analysis. Image analysis was undertaken to
determine the viability of bacteria throughout the depth of
each biofilm of antibiotic-resistant P. aeruginosa from the
simple biofilm model after exposure to silver dressings. The
CLSM uses a highly focused laser beam to illuminate the
test sample at right-angles to the direction of observation.
The width of the beam is very narrow and its position (dis-
tance from the observer) can be closely controlled; therefore
thin layers at different depths within the sample can be
observed sequentially. By using selective stains which have
specific emission wavelengths (colours) and coloured filters,
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Table 1: Testing matrix.

Challenge microorganism Biofilm growth
medium (BGM) Model Test methodology Dressings tested (Table 2)

Antibiotic-resistant
Pseudomonas aeruginosa
NCTC 13437

Community-acquired
Methicillin-resistant
Staphylococcus aureus
(CA-MRSA) USA300

Candida albicans NCPF
3179

Foetal calf serum
(FCS)

Simple biofilm
model

Elemental analysis (K+, Mg2+, Ca2+,
Zn2+, Ag+) of residual biofilm after
dressing being applied for 24 hours
(a simple and chemically consistent
model to investigate formulation
effects) (𝑛 = 6)

CMC
SCMC
NGAD

Antibiotic-resistant
P. aeruginosa NCTC 8506

Elemental analysis (Ag+) and
quantitative live/dead staining after
dressing being applied for 48 hours
(a more challenging strain and
longer dressing exposure time
selected to challenge the
silver-containing dressings) (𝑛 = 9)

NGAD
NCSD
SNAD

S. aureus (clinical wound
isolate, CI72) and Klebsiella
pneumoniae (clinical
isolate, CI45)

TSB : FCS (50 : 50)
Simulated wound
polymicrobial
biofilm model

Quantitative microbiology (total
viable counts), PNA FISH, live/dead
and Calcofluor White staining after
dressing application for 48 hours (a
more complex inoculum and longer
dressing exposure time selected to
challenge the silver dressings)
(𝑛 = 5)

NGAD
NCSD
SNAD

(a) (b)

Figure 1: (a) 24-hour S. aureus biofilm supported on a 25mm filter disc in contact with BGM in a deep 6-well plate (biofilm is stained pink
for clarity). (b) Test dressing application to biofilm (biofilm is stained pink for clarity).

individual components of the sample can be differentiated.
Images (each approximately 100 × 100 𝜇m in area) were
captured at intervals of 0.5 𝜇m vertically apart throughout
the full thickness (depth) of the residual biofilm, down to the
supporting filter. Qualitative and semiquantitative data were
obtained by recombining each series of layers to provide a
three-dimension reconstruction of the sample using Image-
Pro Premier 3D software. Quantitative image analysis was
performed on live/dead stain images of a selected range of
dressings using Image-Pro Plus� version 7.0 software. For

each image the number of objects (cells) of area greater than
10 pixels (determined by observation to be the approximate
minimum size of an individual bacterium) was counted for
the green (live) and red (dead) coloured series. A minimum
threshold of 10 counted items per layer was set as the criteria
for the confirmed presence of biofilm and to be valid for use
in any further calculation. Objects that were much greater
in area than bacterial cells and were clearly not of bacterial
origin were excluded. Three separately treated biofilms were
analysed for each of the selected dressings, observing each
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Table 2: Test dressings. †Formulation proprietary to ConvaTec Ltd.

Commercial name Physical and chemical composition Coding
AQUACEL Extra Two layers of a needle-punched nonwoven fleece of sodium carboxymethylcellulose (CMC) fibres CMC

AQUACEL Ag Extra Two layers of a needle-punched nonwoven fleece of sodium silver CMC fibres (approximately
1.2%w/w or 0.17mg/cm2 silver) [2] SCMC

AQUACEL Ag+ Extra
Two layers of a needle-punched nonwoven fleece of sodium silver CMC fibres enhanced with
disodium ethylenediaminetetraacetate and benzethonium chloride†, stitched with a high purity
cellulose thread (approximately 1.2%w/w or 0.17mg/cm2 silver)

NGAD

Acticoat� 7
Three layers of a metallic (nano) crystalline silver-encrusted high-density polyethylene (HDPE)
mesh alternating with two layers of a rayon polyester nonwoven fabric, bonded at intervals by
ultrasonic welding of the HDPE (approximately 8.4%w/w or 1.48mg/cm2 silver)

NCSD

Silvercel� Non-Adherent
A nonwoven fabric comprised of a blend of metallic silver-coated nylon fibres and calcium
alginate/CMC fibres between two apertured sheets of ethylene methyl acrylate (EMA)
(approximately 4%w/w or 1.11mg/cm2 silver [8])

SNAD

(a) TSA contact plate 
inserted into centre of 

model; biofilm-colonised
filter applied to create 

simulated biofilm-
colonised wound bed

(b) Application of 
dressing onto the 
simulated biofilm-

colonised wound bed;
hydrated with simulated 

wound fluid

(c) Addition of secondary 
dressing

(d) Removal of dressings

Figure 2: Simulated wound polymicrobial biofilm model with the NGAD and AQUACEL Foam secondary dressing application within the
wound assembly.

biofilm at multiple sites across the sample.The only exclusion
criteria were if image quality was inadequate (i.e., poor focus
or interfering image artifact) or if there was an incomplete
data set (i.e., no upper and/or lower boundary of the biofilm
could be identified).

2.5.3. Quantitative Microbiology. In the case of the simulated
wound polymicrobial biofilmmodel, total viable counts were
performed in triplicate on the polymicrobial biofilms to allow
comparison with PNA FISH microscopy data.

2.5.4. Elemental Analysis. After 24 or 48 hours of incubation
with the test dressings, the filter disc-supported single-species
biofilms were placed separately into individual plastic sample
tubes containing 10mL of 1.2M aqueous hydrochloric acid.
Tubes were agitated for 10 minutes or until all of the residual
biofilm had visibly dissolved. The resultant solutions were
filtered through 0.45 𝜇m membrane filters (Whatman) to
remove any bacteria or dressing fibres and then assayed
for solubilized potassium (K+), magnesium (Mg2+), calcium
(Ca2+), zinc (Zn2+), and silver (Ag+) ions by inductively
coupled plasma mass spectrometry (ICP-MS, Agilent Tech-
nologies 7700 Series).

2.5.5. Statistical Analysis. Student’s 2-sample 𝑡-tests and one-
way analysis of variance (ANOVA) (Minitab� software) were
performed, where possible, to determine any statistically
significant differences (𝑝 < 0.05) between dressing perfor-
mances.

3. Results

3.1. Biofilm Models. Table 3 illustrates the reproducibility
of the various biofilm models used in this in vitro study.
Irrespective of themodel, bacterial strain, duration, analytical
method, or sample size, the relatively low standard deviation
of the data from different biofilm characteristics indicates
good reproducibility.

3.2. Dressing Effectiveness. Live/Dead BacLight selectively
stains bacteria (viable cells appear green whereas nonviable
(dead) cells appear red). Confocal images demonstrated that
all three silver test dressings significantly reduced polymicro-
bial biofilm thickness (𝜇m) compared to the control (initial
biofilm 𝑇24 hours) (𝑝 = 0.000 for all dressings) (Table 4).
Following ANOVA, simultaneous confidence interval com-
parisons demonstrated that there were statistically significant
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Table 3: Reproducibility of the biofilm models utilised, as analysed by different analytical, imaging, and microbiological assays.

Model Strain Analysis method 𝑛 Average Std Dev

Simple biofilm model

Antibiotic-resistant
P. aeruginosa NCTC

8506

Elemental analysis (values minus blank
filter disc elemental analysis) 24

26.8 𝜇MMg2+ 3.2 𝜇M
36.2 𝜇MK+ 7.1 𝜇M
171.9𝜇MCa2+ 27.0 𝜇M

Antibiotic-resistant
P. aeruginosa NCTC

13437
Live/dead image analysis by pixilation 19 25.6 𝜇m thick 8.2 𝜇m

Simulated wound
polymicrobial biofilm
model

S. aureus,
K. pneumoniae,
24-hour control

Confocal imaging of maximum depth 15 9.74𝜇m thick 2.37 𝜇m

Total viable counts 3
9.4 × 108 cfu
S. aureus 2.0 × 108 cfu

7.7 × 109 cfu
K. pneumoniae 3.2 × 109 cfu

Table 4: Depths (𝜇m) of polymicrobial biofilm (as indicated by
the presence of bacterial cells) after exposure to silver dressings for
48 hours. Dressings were tested in triplicate and five images were
captured for each dressing (𝑛 = 15). ∗𝑝 < 0.000 compared to initial
biofilm. †𝑝 < 0.000 compared to NCSD and SNAD.

Sample Maximum depth (𝜇m) [mean ± standard
deviation]

Initial biofilm 𝑇24 hours 9.75 ± 2.37
NCSD 6.22 ± 5.93∗

SNAD 4.77 ± 1.91∗

NGAD 1.99 ± 1.22∗†

differences between silver dressings. The NGAD resulted in
significantly thinner residual biofilms than NCSD and SNAD
(𝑝 = 0.000 in both instances), while there was no significant
difference in biofilm thickness reduction between NCSD and
SNAD exposure (𝑝 = 0.065). Confocal images also illustrate
these differences in biofilm thickness (Figures 3(b)–3(d)) and
that there were consistentlymore dead cells under theNGAD
(Figure 3(d)) and less cells overall, compared to the other
two dressings (Figures 3(b) and 3(c)). Following dressing
application, the volume of green Syto�9 stain (indicative
of remaining viable biofilm bacteria) was 7.8% beneath the
NGAD, compared to 51.5% under NCSD and 44.1% under
SNAD, for the images shown in Figures 3(b)–3(d).

3.2.1. Extracellular Polymeric Substance (EPS) Staining. Cal-
cofluor White stains the 𝛽-1,2 and 𝛽-1,3 polysaccharides
present in the biofilm EPS [10]. The NGAD was the only
dressing that was able to significantly reduce biofilm mass
compared to the control biofilm (𝑝 = 0.000) (Figure 4)
as indicated by this staining method. Neither NCSD
(Figure 5(b)) nor SNAD (Figure 5(c)) dressings resulted in
any bulk EPS reduction compared to the control biofilm
(Figure 5(a)), while bulk EPS reduction by the NGAD was
evident (Figure 5(d)).

3.2.2. Total Viable Counts. Total viable counts of S. aureus
and K. pneumoniae biofilm cells after 48 hours of exposure
to the silver test dressings are shown in Figure 6. Initial

biofilms were predominantly comprised of K. pneumoniae
cells despite its lower starting inoculum (see Materials and
Methods), which may be attributable to the avid biofilm-
forming capacity of this nosocomial pathogen [11]. In all
instances, K. pneumoniae biofilm cells were more difficult
to kill. Student’s 2-sample 𝑡-tests showed that each silver
dressing reduced viable biofilm cells of both species com-
pared to the no-dressing control (NCSD: 𝑝 = 0.017; SNAD:
𝑝 = 0.015; NGAD: 𝑝 = 0.000). Following ANOVA,
simultaneous confidence interval comparisons demonstrated
that there were statistically significant differences between
silver dressings. The NGAD was significantly more effective
than NCSD and SNAD at killing S. aureus biofilm cells (𝑝 =
0.000). The NGAD was also more effective than NCSD and
SNAD at killing K. pneumoniae biofilm cells (𝑝 = 0.000).
SNADwas significantlymore effective thanNCSDat killing S.
aureus biofilm cells (𝑝 = 0.027), but there were no significant
differences between the effects of NCSD and SNAD on K.
pneumoniae biofilm cells (𝑝 = 0.098).

3.2.3. PNA FISH. The confocal PNA FISH images in Figure 7
generally correlate with the total viable count data (Figure 6).
The representative images of the biofilms exposed to NCSD
(Figure 7(b)) and SNAD (Figure 7(c)) showed a high fre-
quency of both green and yellow objects, indicating high
concentrations of S. aureus and K. pneumoniae cells, respec-
tively. In contrast, the image for the NGAD shows fewer
yellow objects, representative of the significantly lower K.
pneumoniae counts, and feint green areas which are likely to
be cell debris rather than viable S. aureus cells (Figure 7(d)).
The individual yellow objects appear brighter because the
amount of stain added to each sample was constant; therefore
a greater amount of stain was available per cell present in the
NGAD treated sample.

3.2.4. Image Analysis. Live/Dead BacLight staining enables
differentiation of live cells (green), mixed live and dead or
dying cells (yellow/orange), and dead cells (red) in composite
images as shown in Figure 8. These images are examples of
sections foundmidway through the thickness of each sample.
The controlwas predominantly living cells but therewas some
death due to natural turnover. As a general observation the



6 BioMed Research International

40 m

(a)

40 m

(b)

40 m

(c)

40 m

(d)

Figure 3: Representative isosurface 3D imaging, performed using the Image-Pro Premier� 3D software of the CLSM images biofilms stained
with BacLight� (green = viable bacteria; red = nonviable bacteria). (a) Initial biofilm 𝑇24 hours. (b) NCSD after 48 hours of exposure. (c) SNAD
after 48 hours of exposure. (d) NGAD after 48 hours of exposure.
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Figure 4: Percentage of EPS still remaining after exposure to the
silver test dressings for 48 hours. ∗𝑝 = 0.000.

apparent order of in vitro antimicrobial effectiveness of the
dressings was NGAD > NCSD > SNAD.

However, as predicted in the 3D reconstructions in
Figure 3, there were different and distinctive changes in
the green-to-red ratio through the thickness of the biofilm.
Figure 9 is a colour-coded representation of how this ratio
changes for the different silver dressings tested. The scale
extends from green (where there were more than two green
cells for every red cell) through yellow (where there were
approximately two red cells for every green cell) to red (where

there were at least four red cells for every green cell). Control
biofilms were observed to be of varying thickness (between
10 and 48 𝜇m as indicated by the presence of stained cells)
and predominantly viable (Figure 9(a)). Although NCSD
showed a wide zone of bactericidal action at the point where
the dressing contacted the biofilm, the thickness of the
residual biofilm appeared unchanged and there was a biofilm
survival zone approximately 10 𝜇m thick at the filter surface
(Figure 9(b)). This indicates the inability of ionic silver alone
to kill bacteria in deeper parts of the biofilm andmay explain
the recurrent nature of biofilm infections, as has also been
observed with antibiotics [12]. Biofilm exposed to SNAD
appeared to be of reduced thickness with zones of death near
the filter surface, but there were areas of viable biofilm cells
nearer the upper surface that would have been in contact
with the dressing (Figure 9(c)). Many of the viewed sites for
the NGAD appeared to have no residual biofilm (data not
shown in Figure 9(d)), but where biofilm could be observed
it was of much reduced thickness and was less integral in
that it contained voids (regions in the depth of the sample
that contained no cells), and in regions that did contain
cells these were largely devoid of green cells (surviving
bacteria) (Figure 9(d)). Green objects were observed in a
few samples relatively close to the filter surface but this was
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Figure 5: Representative isosurface 3D imaging, performed using the Image-Pro Premier 3D software, of the CLSM images biofilm EPS
stained with Calcofluor White. (a) Initial biofilm 𝑇24 hours. (b) NCSD after 48 hours of exposure. (c) SNAD after 48 hours of exposure. (d)
NGAD after 48 hours of exposure.
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Figure 6: Total viable counts of (blue colour) S. aureus and (red
colour) K. pneumoniae biofilm cells after 48 hours of exposure to
silver dressings (𝑛 = 5). Initial biofilm = 𝑇24 hours.

∗𝑝 < 0.05
compared to initial biofilm. †𝑝 = 0.000 compared to NCSD and
SNAD. ¥𝑝 = 0.027 compared to NCSD.

the area in which image artefacts were most prevalent (e.g.,
deformations in the filter surface causing reflection).

3.2.5. Elemental Composition of Biofilms. Divalent metal
cations such as magnesium (Mg2+), calcium (Ca2+), and zinc

(Zn2+) play an important role in the formation, adhesion,
and cohesion of biofilm [13, 14] and are tightly bound into its
structure.Therefore,measuring the sumof these divalent ions
will give an indication of the relative amount and strength
of biofilm and of the effect of the test dressings on biofilm
disruption. Small monovalent cations such as sodium (Na+)
and potassium (K+) are constant components in isotonic
fluids and are not tightly bound to either biofilm, tissue, or
dressings, so they can be used as an approximate measure
of total mass present. The NGAD contains Na+ and SNAD
contains Na+ and Ca2+ while NCSD contains neither; there-
fore comparison by following these ions was not possible.
However, the elemental composition ofCMC, SCMC, and the
NGAD is very similar as they are all based on the same fibre;
therefore these can be directly compared. Because Na+ was
present in both biofilm and the test dressings, this could not
be used to differentiate between residual biofilm and residual
dressing; however K+ and divalent cations are absent from
CMC, SCMC, the NGAD, and the filter disc; therefore any
present would be indicative of biofilm only. The amount of
silver (Ag+) detected and ratio to K+ and/or the total divalent
metals (Metal2+ = the sum of Mg2+, Ca2+, and Zn2+) will be
indicative of the effectiveness of antimicrobial action.The low
concentration of these metal ions required the use of a trace
elemental technique such as ICP-MS.



8 BioMed Research International

20 m

(a)

20 m

(b)

20 m

(c)

20 m

(d)

Figure 7: Representative CLSM images of polymicrobial biofilm where bacteria have been fluorescently tagged (green = S. aureus; yellow =
K. pneumoniae). (a) Initial biofilm 𝑇24 hours; (b) NSCD after 48 hours; (c) SNAD after 48 hours; (d) NGAD after 48 hours.

3.2.6. Comparison of Carboxymethylcellulose-Based Fibre
Dressings. The entire biofilm remaining on the filter disc
after 24 hours of contact with hydrated dressings was anal-
ysed using a standardised sample preparation method. The
comparative amount of each analyte determined is shown in
Table 5.The absolute amount of K+ andMetal2+ in the biofilm
control and the amount of Ag+ in SCMC are designated as
100%.

With the exception of K+ for C. albicans biofilm, the
trends in assays of K+ andMetal2+ were in general agreement
showing that the base CMC dressing had the ability to signif-
icantly reduce biofilm mass in each biofilm type (𝑝 < 0.05;
mean relative reduction across the biofilm types compared to
the no-dressing control of 67% and 69% for K+ and Metal2+,
resp.). A similar biofilmmass reductionwas also observed for
SCMC (average for all types of biofilm of 75% (K+) and 68%
(Metal2+)) with a statistically significant increased reduction
in CA-MRSA biofilm for SCMC compared to CMC. The
NGAD formulation further increased the mean reduction in

K+ and Metal2+ (to 82% and 76%, resp.), with the NGAD
being significantly more effective than SCMC at reducing
both biofilm markers in P. aeruginosa biofilm (K+ 𝑝 = 0.035;
Metal2+𝑝 = 0.014) and Metal2+ in C. albicans biofilm (𝑝 =
0.010).

The NGAD dressing induced a statistically significant
greater silver uptake in all biofilm types compared to the
SCMC dressing (which contained the same amount, type,
and form of silver), on average 134% more. Although the
C. albicans biofilm appeared to be the most difficult biofilm
to manage, being reduced in mass the least (∼70% by the
NGAD), the amount of silver within the residual biofilm was
approximately 42% higher for the NGAD compared to the
SCMC dressing (𝑝 = 0.014). For the P. aeruginosa biofilm
the silver content was 81% higher after management with the
NGAD than SCMC (𝑝 = 0.006) and the CA-MRSA biofilm
seemed the most susceptible to the effects of the NGAD with
approximately three timesmore silver (278%;𝑝 = 0.000) than
SCMC.
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Figure 8: Composite (full thickness) images of antibiotic-resistant P. aeruginosa biofilm stained with BacLight after 48 hours of contact with
the test dressings (green = viable bacteria; red = nonviable bacteria). (a) No-dressing control. (b) SNAD. (c) NCSD. (d) NGAD.

Table 5: Metal assay results, average of 𝑛 = 6. Statistical comparisons of NGAD to ∗𝑝 = 0.000 compared to no-dressing control. a𝑝 = 0.018
compared to no-dressing control. b𝑝 = 0.007 compared to no-dressing control. c𝑝 = 0.016 compared to CMC. d𝑝 = 0.035 compared to
SCMC. e𝑝 = 0.006 compared to SCMC. f𝑝 = 0.001 compared to CMC. g𝑝 = 0.014 compared to SCMC. h𝑝 = 0.013 compared to no-dressing
control. i𝑝 = 0.009 compared to no-dressing control. j𝑝 = 0.010 compared to no-dressing control. k𝑝 = 0.027 compared to CMC. l𝑝 = 0.004
compared to CMC. m𝑝 = 0.038 compared to CMC. n𝑝 = 0.000 compared to SCMC. o𝑝 = 0.017 compared to no-dressing control. q𝑝 = 0.015
compared to no-dressing control. r𝑝 = 0.010 compared to SCMC. s𝑝 = 0.014 compared to SCMC.

Sample P. aeruginosa CA-MRSA C. albicans
K+ Metal2+ Ag+ K+ Metal2+ Ag+ K+ Metal2+ Ag+

No-dressing control 100% 100% 0% 100% 100% 1% 100% 100% 0%
CMC 32%a 36%∗ 0% 17%h 20%∗ 0% 50% 37%∗ 0%
SCMC 33%a 35%∗ 100% 9%il 17%∗ 100% 34%o 44%∗ 100%
NGAD 12%bcd 24%∗fg 181%e 10%jk 15%∗m 378%n 31%q 33%∗r 142%s

3.2.7. Comparison of Different Forms of Silver-Containing
Dressings. Due to compositional interferences it was not
possible to chemically compare the effects of different silver-
containing dressing types on the weakening and removal of
biofilmmass.However, it was possible to directly compare the

donation of silver into residual antibiotic-resistant P. aerugi-
nosa biofilm after 48 hours of exposure to the test dressings.
These same samples were also subjected to live/dead staining
and image analysis which enabled biofilm thickness to be
estimated based on the presence of bacterial cells in image
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Figure 9: Colour-coded bacterial viability within biofilm layers as a function of distance from the filter surface for an antibiotic-resistant P.
aeruginosa biofilm after 48 hours of contact with the test dressings (green = viable bacteria; red = nonviable bacteria). (a) No-dressing control.
(b) NCSD. (c) SNAD. (d) NGAD.
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Table 6: Biofilm thickness, amounts, and concentrations of silver in residual biofilm after 48 hours of dressing exposure and concentration
of silver in the original applied dressings. 𝑛 = 6 for silver assays and 𝑛 = 9 or greater for mean biofilm thickness data. ∗𝑝 = 0.000 compared
to SCSD and SNAD. †𝑝 = 0.009 compared to SNAD.

No dressing NCSD SNAD NGAD
Mean biofilm thickness (𝜇m) 25.6 37.8 20.0 12.1
Amount of silver in residual biofilm (𝜇g) 0.0 14.1† 4.5 79.1∗

Concentration of silver in residual biofilm (𝜇g/𝜇m) 0.0 0.4 0.2 6.5∗

Concentration of silver in applied dressing (mg/cm2) 0.0 1.48 1.11 0.17

stacks. Table 6 summarises this data as averages (statistical
analysis has been performed for individual assays), and it also
calculates the mass of silver per unit thickness of the residual
biofilm, comparing this to the silver per unit area of dressing
initially applied.

The residual biofilm after management with the NGAD
contained 5-times the absolute amount of silver and more
than 16-times the concentration of silver per unit biofilm
thickness compared to that observed for NCSD managed
biofilm (𝑝 = 0.000); this was despite the NGAD only
containing approximately one-ninth of the silver in NCSD
on a weight per dressing area basis. The residual biofilm
managed with the NGAD contained 17-times the amount of
silver (𝑝 = 0.000) and more than 30-times the concentration
of silver per unit biofilm thickness compared to SNAD (𝑝 =
0.000), with the NGAD containing less than one-sixth of the
amount of silver on a weight per area basis. Residual biofilm
after management with NCSD contained significantly more
silver than SNAD on an absolute amount basis (𝑝 = 0.009)
but not on a concentration per thickness basis (𝑝 = 0.063).

4. Discussion

Chronic wounds are invariably associated with poor heal-
ing and susceptibility to recurrent infections, and this is
characteristic of a biofilm-induced chronic condition. Con-
sequently, in order to minimise the opportunity for wound
infection and encourage healing, there is a need to manage
biofilm effectively.Uses of standard antibiotics and antiseptics
are not necessarily the immediate solution because biofilm
is notoriously tolerant to these antimicrobial agents [15].
Consequently new strategies are required to eliminate biofilm
and expose associated microorganisms to make them more
vulnerable to antimicrobial agents. While wound bed prepa-
ration, involving debridement and cleansing, is an ideal way
to physically reduce bioburden and help expose microor-
ganisms before dressing the wound [16, 17], it is unlikely to
entirely eradicate biofilm and debridement methodologies
and effective wound cleansers are not always available to all
wound care practitioners in all settings. The most efficient
way to provide longer-term antimicrobial action to a wound
is therefore via antimicrobial dressings, and the recognition
of biofilm as a key barrier to wound healing within the last
decade [4, 5] has provided a new challenge to developers of
therapeutic dressings.

The NGAD described in this in vitro study is a propri-
etary, highly innovative wound dressing designed to help
the antimicrobial silver component work most effectively by
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Figure 10: Comparison of elution of silver ions from theNGAD and
SCMC into a constantly stirred excess of isotonic media (0.9% w/v
NaCl(aq), 8mL per cm2 dressing at 37 ± 3∘C) as determined by ICP-
MS.

disrupting the protective components of biofilm.Namely, this
involved the careful selection of a synergistic combination of
safe antibiofilm excipients [9], 0.39% disodium ethylenedi-
aminetetraacetate (a metal chelator), 0.135% benzethonium
chloride (a surfactant), and close pH control (5.0 to 6.0), to
add to the formulation of a widely used silver Hydrofiber
dressing (SCMC) [2]. The SCMC dressing was formulated
prior to 2002, before the realisation of the significance of
biofilm in wound care. Its purpose was to assist in the
prevention and management of infection; therefore it was
targeted at planktonic bacteria against which it is proven to
be highly effective in vitro [1]. The NGAD has the same base
formulation as SCMC (sodium silver CMC fibres containing
1.2% silver ions) and has been shown to have the same
physical performance in vitro [7, 9], biocompatibility, and an
equivalent clinical safety profile [18, 19]. In elution studies into
isotonic media the silver ion release profiles of the NGAD
and SCMChave also been shown to be equivalent (Figure 10).
NGAD dressings prepared without silver have been shown
to have no antimicrobial activity in standard log-reduction
models against planktonic pathogenicwound bacteria in vitro
(data not shown).

The in vitro study described here was designed to
assess the antibiofilm and antimicrobial characteristics of
the NGAD compared with other silver-containing dressings
and further elucidate its mode(s) of action. In a program
of increasingly complex and challenging biofilm models,
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this study compared the antibiofilm activity of this next
generation dressing to existing silver dressings. The dressing
characteristics examined were the following.

(1)The Ability of the Dressings to Disrupt Biofilm.The biofilm-
disrupting effect of the NGAD formulation appears to act
synergistically with the inherent biofilm removal capability of
Hydrofiber technology. This was demonstrated by elemental
analysis in reductions in biofilm-associated ions (K+ and
Metal2+), and the NGAD resulted in some significantly
greater (𝑝 < 0.05) biofilm-disruptive effects than the base
CMC and the silver-containing SCMC, depending on biofilm
type. The Hydrofiber technology used in the NGAD has
previously been shown to sequester cells in vitro [20], and
it is therefore likely that EPS loosened or broken up by the
additional components of the NGAD were also sequestered
into the dressing, as supported by the EPS reduction via
Calcofluor White staining.

(2) The Ability of the Dressings to Absorb Biofilm and Reduce
Biomass. In addition to the EPS reduction effected by the
NGAD, the reduction in the number of biofilm cells and
biofilm thickness was demonstrated by live/dead staining and
colorimetric image analysis, further supporting the synergy
between the antibiofilm action of the formulation and the
physical sequestration capability of Hydrofiber technology.

(3) Ability of the Dressings to Donate Antimicrobial Silver
to Biofilm Cells. Elemental analysis showed that the NGAD
donated significantly more (𝑝 < 0.05) silver ions to biofilm
than the standard silver-containing Hydrofiber dressing
and the other commercial silver-containing dressings tested
(despite this latter group of dressings containingmore silver).
It is apparent that simply adding more silver to wound
dressings is unlikely to be the most effective way of killing
biofilm microorganisms. The elution rate of ionic silver into

isotonic media is the same for SCMC and the NGAD, so
the enhanced silver donation by the NGAD can only be
attributed to the antibiofilm formulation, disodium ethylene-
diaminetetraacetate, benzethoniumchloride, and pHcontrol,
removing the EPS barrier and enhancing the efficiency of
transfer of the antimicrobial agent into the biofilm cells.

(4) The Ability of the Dressings to Kill Biofilm-Associated Mi-
croorganisms. As may be expected due to the enhanced
biofilm penetration of silver ions, the biofilm viable count
data was aligned with colorimetric image analysis and
live/dead staining. Despite the NGAD containing notably
lower concentrations of ionic silver, the NGAD significantly
outperformed (𝑝 = 0.000) the other silver dressings in killing
biofilm cells in a challenging polymicrobial biofilm model.

Irrespective of the microscopic, analytical, or microbio-
logical method used to analyse the antibiofilm effects, the
NGAD was shown to reduce biofilm thickness and reduce
biofilm cell viability compared to standard silver wound
dressings, despite these containing notably higher silver
concentrations. This observation supports recently reported
clinical observations, where static or deteriorating chronic
wounds that had been unsuccessfullymanagedwith, amongst
others, standard silver dressings were dramatically improved
following a switch to the NGAD in otherwise standard care
protocols [18]. The enhanced antibiofilm and antimicrobial
action observed in this study helps to explain the encouraging
early in vitro [7, 9, 21], in vivo [22], and clinical results [18,
19, 23] observed for this next generation dressing technology
and sheds further light on its modes of action. Based on the
in vitro data generated in this study, the functionality of the
NGAD can be described in five phases (Figure 11).

Phase 1. The applied NGAD dressing hydrates and gels on
contact with wound fluids, contacting intimately [2] the
wound bed and surface biofilm.
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Phase 2. Biofilm is loosened and dispersed due to the syn-
ergistic action of the disodium ethylenediaminetetraacetate
and benzethonium chloride in combination with sodium
silver CMC fibres [9].

Phase 3. Exposed microorganisms become highly suscepti-
ble to killing by the action of ionic silver.

Phase 4. Residual biofilm and cells are immobilised within
the gelled dressing.

Phase 5. Biofilm biomass is reduced by dressing removal.

5. Conclusions

This in vitro study offers new insight into the antimicrobial
and antibiofilm behaviour of dressings against clinically
relevant microbial forms (biofilm) and how those microor-
ganisms respond to dressing technology. An antimicrobial
dressing technology (formulation and physical properties)
influences its ability to expose bacteria to the antimicrobial
agent. The NGAD, with its specifically designed biofilm-
disrupting formulation, ionic silver and Hydrofiber base was
the most effective dressing at disrupting, killing, and remov-
ing biofilm and donating the greatest amount of silver into
the residual biofilm, despite the dressing containing the least
silver of the dressings tested. Antimicrobial efficacy against
biofilm cannot be predicted by silver type or form, silver
content, or silver elution data. This in vitro study improves
our understanding of how this new dressing technology is
effective, both in the laboratory and in the clinic.
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Bacterial colonization in the form of biofilms on surfaces causes persistent infections and is an issue of considerable concern
to healthcare providers. There is an urgent need for novel antimicrobial or antibiofilm surfaces and biomedical devices that
provide protection against biofilm formation and planktonic pathogens, including antibiotic resistant strains. In this context,
recent developments in the material science and engineering fields and steady progress in the nanotechnology field have created
opportunities to design new biomaterials and surfaces with anti-infective, antifouling, bactericidal, and antibiofilm properties. Here
we review a number of the recently developed nanotechnology-based biomaterials and explain underlying strategies used to make
antibiofilm surfaces.

1. Introduction

Biofilms are organized colonies of bacteria, fungi, or yeasts
that form heterogeneous entities on biotic or abiotic sur-
faces by secreting extracellular polymeric substances (EPS).
These substances protect individual cells from hostile factors,
such as immunologic defense systems, nutrient limitations,
and antibacterial agents [1]. The genotypic and phenotypic
characteristics of cells in biofilms differ from those of their
free-floating counterparts, and these differences make them
strongly resistant to antibiotics. This resistance has been
attributed to the failure of antibiotics to penetrate biofilms,
the induction of multidrug efflux pumps of biofilm-specific
phenotypes, and the presence of persisters [2, 3]. Basically,
microbes have the ability to adhere to surfaces, including
those of inert materials, synthetic polymers, and indwelling
medical devices, and this leads to colonization and mature
biofilm development. Furthermore, cell detachment from
mature biofilms leads to infection dissemination and trans-
mission [4, 5]. In fact, clinical infections caused by biofilms
are a more challenging healthcare issue than those caused by
planktonic cells, and microbial infections caused by bacterial
biofilms on biomedical surfaces are a leading cause of death
worldwide [6, 7]. As a result, there is an urgent clinical need

to develop long-lasting biomedical materials or devices with
antibacterial and antibiofilm surfaces.

Nanometer scale materials have been adopted for many
biomedical applications due to the greater reactivities con-
ferred by their large surface to volume ratios and ability to
control their physicochemical properties. In fact, applications
of nanotechnology in medicine resulted in a new field
called “nanomedicine” which has already provided novel
treatments against a wide range of diseases. Nanomate-
rial development is now viewed as a promise strategy for
controlling or treating pathogenic biofilms on indwelling
medical devices and implants. Most of the nanoparticles
examined have been metals (e.g., copper, silver, iron, zinc,
titanium, magnesium, or gold), metal oxides, polymers (e.g.,
nanoporous polymers), metal-based polymeric composites,
peptides, or combinations of these, or liposomes, antibiotic
encapsulated nanoparticles, or responsive smart nanoma-
terials that have antimicrobial effects but cause minimal
damage to the host. Drug loaded nanoparticles could over-
come the limitations of conventional antibiotic treatments
associated with toxicity, improper delivery, or enzymatic
degradation. In addition, hydroxyapatite, chitosan, collagen,
silica, and titanium dioxide have been used as nanomatrices
to incorporate antimicrobials because of their bioactivities,
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Figure 1: Schematic illustration of biofilm development and mechanisms responsible for the antimicrobial and antibiofilm effects of
nanoparticles.

biocompatibilities, low toxicities, and noninflammatory and
nonimmunogenic characteristics [8, 9]. Recently, novel phys-
ical approaches like near-infra red light (NIR) or alternating
magnetic fields (AMFs) have been utilizedwith nanoparticles
to cause irreversible thermal damage to cell surfaces and
bacterial biofilm eradication [10, 11]. These promising devel-
opments could possibly be adapted to treat wound biofilm
infections in a noninvasive, on-demand manner.

This review highlights current strategies of nanotechno-
logy-based approaches designed to control or eradicate
biofilm related infections with special emphasis on nanopar-
ticle embedded biomedical materials.

2. Bacterial Biofilms: Formation to
Dissemination

It is now realized thatmost bacterially derived sessile commu-
nities are capable of forming irreversible biofilms on surfaces
and interfaces by embedding themselves deep in a self-
generated polymeric matrix [43]. Furthermore, most of the
fungal species that form biofilms do so in a similar manner;
Candida andAspergillus are fungal species of particular inter-
est [44]. The mechanism of biofilm formation depends on
environmental stimuli and a series of genetic and phenotypic
changes in planktonic cells. To date, five different stages [45]
have been suggested during biofilm development (Figure 1),
namely, (i) reversible-irreversible adherence, (ii)microcolony
formation, (iii) 3D biofilm formation, (iv) maturation, and
(v) dissemination [46]. In the earliest stage, biofilm devel-
opment involves surface preconditioning and the adsorption
of macromolecules, followed within seconds of surface expo-
sure, by the formation of a conditioning layer. During the
second stage, microorganism adhesion and coadhesion are
strengthened by strong chemical attachments to the matrix
polymer, and the unfolding of cell surface structures results
in the exudation of a polysaccharide slime that attracts cells
and debris. During the third stage, the nutrient rich biofilm
environment promotes rapid microorganism growth that
ultimately results in biofilmdevelopment in a 3Dmanner that
substantially increases biofilm thickness. As film thickness
increases, the forth maturation stage is reached, which is
associated with antibiotic resistance. In the final stage, due to

dynamic flux of the biofilm matrix, microorganisms detach,
either actively or passively, and enter the surrounding envi-
ronment as planktonic cells on a regular basis. Detached cells
can also disseminate to fresh surfaces in the forms of detached
biofilm clumps or fluid-driven cell clusters. Furthermore,
bacteria originating from biofilm communities colonize new
areas to produce new sessile populations.

3. Biofilm Formation and Biofouling

Biofouling (Figure 1) is defined as the accumulation of
unwanted proteins and other analytes or microorganisms
on the surfaces of host materials. Microbial contamination
and associated infections can have serious consequences in
a number of environments, including hospitals and the food
industry and in community-related settings [47]. Fouling
caused by marine organisms is also an issue of concern for
industry and boating. After attaching to a surface, biofoul-
ing organisms can form a conditioning layer that provides
an active platform for diatoms and algae, which results
in increased operational and maintenance costs and the
accelerated degradation of abiotic materials. Likewise, mem-
brane fouling hampers pressure-drivenmembrane processes,
such as reverse osmosis, microfiltration, ultrafiltration, and
nanofiltration, used for water treatment and desalinization.
Membrane biofouling is caused by Aeromonas, Arthrobac-
ter, Bacillus, Corynebacterium, Flavobacterium, and Pseu-
domonas sp. and to a lesser extent by other microorganisms,
like, fungi [48].

In vivo, nonspecific protein adsorption facilitates bac-
terial attachment to surfaces and leads to colonization,
subsequent biofilm formation (Figure 1), and infectious
disease. Protein fouling followed by microbial attachment
with biofilm development is a dormant factor of the failure
of biomedical devices and implants. Furthermore, microbial
attachment reduces the sensitivities and efficacies of devices,
including those of in vitro diagnostic equipment, such as
those required for immunological assays, and thus has thera-
peutic impacts [49].

Biofilms infections of teeth, lungs, skin, heart, and
the urinary tract are always detrimental [50, 51]. Wounds
and implants are susceptible to Staphylococcus aureus and
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Staphylococcus epidermidis infections [52, 53]. Staphylococcus
is responsible for most hospital acquired pneumonia cases
andPseudomonas aeruginosa also forms biofilms in lungs [54,
55]. In addition, multidrug resistant Gram-negative bacterial
species, such as, Escherichia coli, Klebsiella pneumoniae, and
P. aeruginosa, causes widespread biofilm-based infections in
acute care facilities in hospitals [56, 57]. Dental plaques
are tooth biofilms that lead to dental cavities and gum
inflammation and infect dental implants.

Nosocomial infections are contracted inmedical environ-
ments or after direct contact with healthcare settings [59].
Contact with contaminated surfaces or infection by air-borne
bacteria or fungal spores places surgical patients at risk [60,
61]. In fact, more than 60% of hospital related complications
and up to 80% of infection associated deaths are attributable
to biofilm infections [62, 63], and nearly 80% of known
pathogenic bacteria have been implicated in device-related
infections [64, 65], such as intravenous and urinary catheters
[66], joint prostheses [67, 68], penile prostheses [69], contact
lenses [70], fracture fixation devices [71, 72], breast implants
[73, 74], pacemakers [75], endoscopes [76], cardiovascular
and biliary stents [77], and coherent implants [78, 79].
Biofilms on these devices transmit bacteria and act as source
of infection. Currently, removal of the affected device offers
the only permanent means of eradicating infection [80].
Below list describes the device-related biofilm infections.

3.1. Catheter Biofilm Infections

3.1.1. Central Venous Catheters. Hematogenous spread of
infections from colonized central intravenous catheters or
central lines is a long-recognized problemwith infection rates
of 2 and 6.8 per 1000 days, respectively [81, 82]. Vascular
catheters placed for more than 30 days evidenced luminal
colonization and biofilm formation which is predominant
compared to central venous catheters. Therefore, bone mar-
row transplant patients that require a long term vascular
catheter for intravenous access are at greater risk of biofilm
infections [83, 84]. In clinical practice, vascular catheters are
replaced regularly to reduce infection risk, but this practice
substantially increases healthcare costs.

3.1.2. Urinary Catheters. Urinary catheterization is routinely
used to collect urine during surgery, measure urine output,
and prevent urine retention in intensive care unit patients.
Periurethral skin colonization is a cause of bacterial con-
tamination as it can result in bladder migration and the
establishment of biofilms on catheters [85]. Urease produc-
ing bacteria, such as, Proteus, Psuedomonas, and Klebsiella,
increase urinary pH by creating an alkaline environment,
which promotes the formation of struvite biofilms within
catheters [45].These crystalline biofilms can formdeposits on
the outer surfaces, tips, and balloons of catheters and led to
severe complications, such as injury to the urinary bladder.
Furthermore, biofilm debris may be shed after deflating
a catheter balloon, which can block urine flow [86]. The
main strategies used to prevent urinary catheter-associated
infections are to use catheters only when necessary, to avoid

long term catheterization, and to replace catheters regularly.
However, frequent replacement and the disruption caused
can lead to severe complications, in particular, the spread
of bacteria to uncontaminated sites due to biofilm shedding
[87–89].

3.2. Endotracheal Tubes. Numerous microorganisms have
been reported to colonize and form biofilms in endotra-
cheal tubes. These organisms include methicillin-resistant S.
aureus (MRSA) and Gram-negative bacilli, such as E. coli, K.
pneumoniae, P. aeruginosa and Acinetobacter spp., which are
key factors of ventilator-associated pneumonia development
[90]. Reports indicate diverse microorganisms, from orally
associated microflora to clinically specific isolates, can form
biofilms in endotracheal tubes [91, 92].

3.3. Prosthetic Joints. Increasing evidence indicates underly-
ing biofilm infections are a primary cause of aseptic loosening
of joint prostheses. Device-associated infections in prosthetic
joints by S. epidermidisorPropionibacteriumacnes can induce
severe complications and significant mortality after joint
replacement surgery [93, 94].

3.4. Pacemakers and Heart Valves. In the US, more than
100,000 cardiovascular devices are implanted annually and
heart valve infections account for 30% of implant associated
mortalities. S. aureus, S. epidermidis, P. aeruginosa, Acine-
tobacter baumannii, Klebsiella pneumonia, E. coli, and P.
acnes are reportedly the most common causative agents of
cardiac implant infections [75] on pacemakers, prosthetic
valves, defibrillators, and coronary artery bypass grafts, which
incidentally grow thicker biofilms in vivo than in vitro [75,
78, 95]. Other microbes, such as Enterococcus and yeasts,
also form biofilms on cardiovascular devices [96]. Heart
valves have been reported to be targeted by Mycobacterium
fortuitum, which causes systemic biofilm infection without
causing vegetation. Heart valve biofilms reduce blood flow,
cause hematogenous spread, and infect and cause emboli
development in other organs. Basically, heart valves are
infected by clot formation after injury, because blood clots
afford an ideal surface for bacterial adhesion [97].

3.5. Contact Lenses. Although different types of polymeric
contact lens materials have been developed in the attempt to
prevent biofilm formation, these efforts have been uniformly
unsuccessful. Biofilms of certain species, including Candida,
P. aeruginosa, and Fusarium, are resistant to the biocides
in standard contact lens solutions but are susceptible to
hydrogen peroxide [98]. However, contact lenses made from
hydrogels that release ceragenin are reportedly capable of
resisting colonization by P. aeruginosa and S. aureus for two
and four weeks, respectively [99].

3.6. Orthopedic Implants. Up to 15% of infection-associated
hip implant failures required for implant replacement revi-
sion surgery are due to bacterial biofilm formation [100],
which causes inflammation and tissue destruction around
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implants much more rapidly than the damage caused by gin-
givitis [101]. Nevertheless, altering implant surface textures by
sintering [102], sand blasting [103], or plasma spraying [104]
can improve the biofilm resistance of orthopedic implants.

3.7. Breast Implants. Burkhardt et al. proposed that subclin-
ical infections caused capsular contractions around breast
implants [105]. Numerous bacteria in breast ducts and tissue
result in biofilm formation on breast implants, which had
been shown to be the leading cause of contracture [106–
108]. One study showed S. epidermis adhered and produced
biofilms on the breast implant surfaces regardless of surface
textures [73].

4. Approaches to Biofilm Control

Biological response to a biomedical device depends on the
structure and surface functionality of the material used,
and most device-associated infections are likely to originate
from material surface contamination at time of implanta-
tion. Thus, the compositions or surface functionalizations of
biomaterials are tailored to achieve desired results. Surface
engineering ofmaterials can enhance device biocompatibility
and functionality and material properties and surfaces can
be modified to reduce microbial contamination and prevent
biofilm infections. The different methodologies used include

(1) antifouling coatings [47],
(2) antiadhesive surface modifications [109],
(3) addition of antimicrobials to the surfaces of medical

devices [110–112],
(4) coating devices with polymer products [113],
(5) surface engineering with chemical moieties [57, 114–

116],
(6) coating, lamination, adsorption, or immobilization of

biomolecules [117–119].

Microbial attachment to a surface is usually initiated by
the formation of an adsorbed protein layer. Immobilizing
poly(ethylene glycol) (PEG) or oligo(ethylene glycol) or
a zwitterionic species on surfaces is commonly used to
produce antifouling surfaces [120–122]. The introduction
of sulfonate units, presence of longer brushes, and high
molecular weight of poly ethylenemolecules strongly resisted
E. coli, S. epidermidis, P. aeruginosa, Candida tropicalis,
and C. albicans attachment [123, 124]. Bacterial adhesion
to surfaces is a complex process that is not completely
understood, but it appears to be governed by the physical
characteristics of bacteria and surfaces, such as surface
roughness, hydrophobicity, and charge. Lotus leaves and
shark skins have exceptional antifouling properties as their
unique microtopographic features make these surfaces super
hydrophobic and self-cleaning [125], and many researchers
have mimicked this technique [126, 127]. For example,
95% bacterial resistance was recorded for a particle-layered
polythiophene films by altered surface wettability [128]. A
photolithography technique to create the topography of

shark skin on polydimethysiloxane (PDMS) resulted in the
composite significantly inhibited biofilm colonization by S.
aureus. Furthermore, different microtopographic structures
on PDMS showed 86% resistance to colonization by the
sea weed Ulva [129, 130]. The inclusion of natural bioactive
agents, including antimicrobials, into polymers has been
widely applied and utilized in the textile and food industries,
for drug delivery and for treating the surfaces of surgical
implants and biomedical devices. Natural antimicrobials have
also been incorporated into paper [131], thermoset plastics,
and thermoplastics [132] and tested against pathogenicE. coli,
Listeria monocytogenes, and spoilage organisms, including
molds [133]. Additionally, coating glass slides with poly(4-
vinyl-N-alkylpyridinium bromide) was found to kill air-
borne bacteria [134].

Antibiotic coatings efficiently provide surface antimicro-
bial activity because bacteria directly bind with antibiotics
and are lysed before biofilm establishment. This strategy
has been applied to bone cements [135] used in orthopedic
and orthodontic applications [136, 137]. The surface active
biomolecules examined include lactoferrin [138], biosurfac-
tants [139], bacterial adhesion inhibitors [140], antibody-
releasing surfaces [141], nonpathogenic bacteria [142], and
quorum sensing (QS) inhibitors [143], and all have been
utilized to inhibit and eradicate pathogenic bacterial biofilm
development on different biomedical surfaces [144].

Quaternary ammonium compound on different surfaces
was disruptive to bacterial colonization and biofilm forma-
tion [134, 145]. However, high concentrations of quaternary
ammonium compounds and their cationic natures are harm-
ful to human cells [146, 147], and thus, additional develop-
ment is needed to make these materials safer; for example,
embedding a cationic compound in a peptide containing
MAXI hydrogel provided broad antibacterial activity without
harming red blood cells or fibroblasts [148]. Accordingly,
designs incorporating combinations of suitablematerials that
do not harm the host environment provide a key to the
successful application of antibiofilm coatings [149].

Although antiadhesive coatings may provide benefits
for single functionality devices like urinary catheters, voice
prostheses, and contact lenses, they are not sufficient for per-
manent indwelling devices like heart valves, surgical meshes,
hip and knee prostheses, or vascular grafts. Effective implant
materials must have multifunctional surfaces that provide
extended antimicrobial activity and tissue integration and
disinfect surrounding tissues after implant revision surgery,
but on the other hand they must not alter host immune
responses to microorganisms [150]. Current research is
focused onmore sophisticated surface modificationmethods
to prevent microbial adherence, inhibit microbial growth,
and disrupt biofilm formation.

5. Nanotechnology Based Strategies for
Biofilm Control and Treatment

It is believed nanotechnology-based approaches will provide
promising advancements to prevent drug-resistant biofilm
infections of medical devices and biomaterials. A small
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Figure 2: Schematic of biofilm inhibition showing the effects of surface-engineered nanomaterials with diverse antimicrobial properties.

number of studies have reported the use of nanoparticle
(NP) coated surfaces as biofilm inhibiting agents [151]. At the
nanometer scale materials exhibit unique physicochemical
and biological properties and sometimes phenomena, such
as quantum effects, not exhibited by their bulk counterparts.
Nanomaterials have much greater surface area to volume
ratios, which enhances chemical reactivities and bioactivities,
and their sizes are of the same order as biomolecules.
Furthermore, NPs are small enough to penetrate microbial
cell walls and even biofilm layers that can cause irreversible
damage to cell membranes and DNA. In addition, they have
long plasma half-lives and their high surface to volume ratios
facilitate the loading of drugs and targeting entities [152].

5.1. Nanoparticles in AntibiofilmTherapy. Recent advances in
nanotechnology have identified new and promising opportu-
nities for effective biofilm control and treatment. Summary
of different surface-engineered NPs including metal NPs,
polymer NPs, metal-polymer composites, biologically active
NPs, ROS or NO releasing NPs, and stimuli-responsive
smart NPs that are considered to offer the possibility of
either preventing or controlling biofilm related infections on
medical devices with their respective mechanisms of actions
is illustrated in Figure 2.

5.2. Antibacterial Metals. Copper, gold, silver, titanium,
and zinc are known to have antibacterial and antibiofilm
properties, which offer alternatives to antibiotics without
significantly increasing the risk of resistance development. It
has been established that metal-based NPs have much better
antimicrobial activities than their micro-sized counterparts
[153, 154]. The surface textures of metal coated biomaterials
are dependent on coating technique, for example, sintering,
plasma spraying, sand blasting, anodization, or electron
beam evaporation. Furthermore, devices produced using
these techniques exhibit quite different bacterial adhesions,
protein adsorptions, and tissue integration characteristics
[155–157].

5.2.1. Inorganic Nanoparticles. Several inorganic metal NPs,
such as, gold, copper, silver, zinc, and titanium NPs, exhibit
antibiofilm activity. Silver nanomaterials have received con-
siderable attraction because of their superior antimicrobial
activities. Silver in ionic or NP form has an oligodynamic
effect with broad spectrum antibacterial activity and is
especially effective against microbial colonizations associated
with biomedical infections. The antibacterial mechanism
of silver NPs (Ag NPs) is probably due to interactions
between silver ions with bacterial wall sulfhydryl groups
that interfere with and disrupt bacterial cell membranes
[158], enzyme activities [159], respiratory chains [160], and
cell proliferation [161]. Ag NPs have also been shown to
disrupt biofilmmatrices by perturbing intermolecular forces.
In one study, 24 h of treatment with Ag NPs inhibited biofilm
formation by P. aeruginosa and S. epidermidis by more than
95% and biofilm formation by clinically isolated strains of
MRSA andmethicillin-resistant S. epidermidis (MRSE) [162].
Silver impregnated hydroxyapatite and silver-titaniamatrices
reduced bacterial adhesion and prevented biofilm generation
by Gram-positive and Gram-negative bacteria (Table 1), and
the TiO

2
acted as a better supporting matrix and prevented

the aggregation of silver and allowed the controlled release of
silver ions [163]. Nevertheless, continuous exposure to silver
NPsmay result in reduced effectiveness with developed silver
resistance on MRSA [158], and high doses of silver NPs can
delay wound recovery due to toxic effects on skin cells [164].

The antibacterial activities of metal oxide NPs have also
been studied; examples include zinc oxide (ZnO), copper
oxide (CuO), titanium dioxide (TiO

2
), iron oxide (Fe

2
O
3
),

cerium oxide (CeO), magnesium oxide (MgO), and alu-
minum oxide (Al

2
O
3
). ZnO NPs have been found to have

better antibacterial activities and low toxicities inmammalian
cells and to be more effective at inhibiting biofilm formation
and the growth of E. faecalis, S. aureus, S. epidermidis, B.
subtilis, and E. coli than the NPs of other metal oxides [154,
165]. ZnO NPs in combination with 𝛽-chitin dressings were
found to treat skin wound infections effectively in rat models
and to reduce biofilm formation. Furthermore, nanotextured



6 BioMed Research International

Table 1: Nanoparticle-based solutions for prevention and treatment of biofilm associated-medical device infections.

Material Nanomaterial description Antibiofilm devices Antimicrobial mechanism
of NPs

Inorganic NPs

Silver NPs [12–15]
Surface engineered gold
NPs [16]

Urethral catheters, central
venous catheters

Ventricular drain catheters

Released silver ion interacts
with sulfhydryl groups of
bacteria and interferes with
cell membrane integrity,
enzyme activities,
respiratory chains, and cell
proliferations [17].
Highly positive surface
charge disrupts the network
of EPS.

Organic NPs

Quaternary ammonium
chitosan NPs [18]
PEG stabilized lipid NPs
[19]

Bone and dental cements

Long cationic polymer
chains penetrate the cell
membrane and can induce
ion exchange to disrupt
biofilm

Metallic/metal-polymer
nanocomposites

Ag-Ti composites [20]
Silver or antibiotic
conjugated NPs [21, 22]
Silver conjugated silicone
NPs [23]
Diamond like carbon-metal
nanocomposites [24]
Silicone containing
antibiotic loaded liposome
[25]
Polymeric silver NPs [26]
Silver nanoparticle coated
surfaces [27]
Polycationic NPs [28]

Face masks
Heart valve

Catheter against fungi
Pedicle screws

Highly positive surface
charge disrupts the network
of EPS
Silver ions bound with
deoxyribonucleic acid and
interfere with electron
transport, injuring bacterial
enzymes and causing
biofilm disruption

Metallic/metal-polymer
nanocomposites

ZnO NP incorporated
titanium implants [29]
TiO
2
nanotube arrays [30]

Ag NP conjugated
poly(ethylene glycol
diacrylate)-co-acrylic acid
(PEGDA-AA) hydrogel
coatings on a Ti substrate
Quaternary ammonium
salts (QAS) loaded TiO

2

nanotubes [31]
Ciprofloxacin-loaded
nanochitosan coated Ti
implants [32]
Polymeric NP based
photodynamic therapy [33]

Orthopedic implants

ZnO alter protein
adsorptions and
intracellular mechanisms
Positive surface of QAS
disintegrates the negatively
charged bacteria
Released ciprofloxacin
inhibits enzymes including
DNA gyrase, and
topoisomerase causes
bacterial disruption
Free radicals interact with
endogenous molecular
oxygen to produce ROS,
superoxide hydroxyl
radicals, and hydrogen
peroxide damages bacteria
membrane integrity and
causes irreparable bacteria
lysis

Metallic/metal-polymer
nanocomposites

Ti implant surfaces with
ZnO NPs [34]
Nanostructured titania
coating with Ag NPs [35]
Antibiotic incorporated silk
fibroin NPs coated titanium
surface [36]
Nanosilver-endodontic
filling and dental adhesives
[37, 38]

Oral implants
Endodontic filling and

dental adhesives

Direct contact, ZnO
release, ROS generation
Irreversible binding of
gentamycin disrupts
bacteria
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Table 1: Continued.

Material Nanomaterial description Antibiofilm devices Antimicrobial mechanism
of NPs

Metallic/metal-polymer
nanocomposites

Silica NPs [39]
Hydrogel containing Ag
NPs [40]
Zn-CuO nanocoating on
contact lenses [41]
Quaternized chitosan
loaded Ag NPs and
antifungal agent conjugated
graphene oxide [42]

Contact lenses

Released Ag ions
disintegrate the bacteria
and inhibit biofilm
development
Voriconazole inhibits
ergosterol synthesis by
inhibiting 14-alpha sterol
demethylase which
produced antifungal
activity.

ZnO have been reported to have greater bacteriostatic and
bacteria-resistant properties than titania nanophase [153].
However, P. aeruginosa and Proteus have been reported to
exhibit zinc resistance [166, 167].

Nanosized TiO
2
is also considered as nontoxic antibacte-

rial material due to its inert nature as compared with other
metal oxides. Usually, it considered a photocatalyst and is
used for various environmentally related applications, such
as self-cleaning and antifogging effects. Numerous reports
have been issued on photocatalytic biofilm inhibition by
TiO
2
NPs. In addition, these NPs have shown promising

antifungal biofilm activity on the surfaces of biomedical
devices, especially against C. albicans [168]. The mechanism
behind the antimicrobial effect of TiO

2
NPs involves the

production of ROS in microbial cells, oxidation of internal
enzymes, and lipid peroxidation, which reduces respiratory
activity and leads to cell death (Table 1) [169]. It has also
been reported that mesoporous TiO

2
NPs facilitate sustained

release of attached bioactive materials and thus provide long-
term antibiofilm activity [170].

CuO NPs exhibit effective antimicrobial activity against
various bacteria, but they have less antibacterial activity than
silver or zinc NPs, and hence higher concentrations are
required to achieve desired antimicrobial effects, and at these
concentrations CuO NPs could be toxic to mammalian cells
[171–173]. Although CuO NPs have excellent antibacterial
effects, their antibiofilm effects are limited by a narrow
antibacterial window [174]. However, in combination they
exhibit considerable activity; for example, CuO with ZnO
NPs showed significant biofilm inhibitory activity in a NP
coated tooth model [175].

Iron NPs are generally considered MRI contrast agents,
but at 8 nm iron NPs eliminated S. epidermis infection on
orthopedic implants [176]. Furthermore, antibiotic conju-
gated magnetic iron NPs showed higher antibacterial activity
against E. faecalis in both its planktonic and biofilm forms
than unconjugatedmagnetic ironNPs [177]. Catheters coated
with 5 nm core-shell iron NPs showed biofilm resistance
against S. aureus and P. aeruginosa, and these NPs were
reported to be nontoxic and suggested for in vivo applications
[178].

Gold NPs alone have little or no antibacterial activity
[179]. Nevertheless, gold NPs bound to antibiotics [180],
active compounds, or biomolecules [181] show considerable

bactericidal and biofilm inhibitory activities against a variety
of pathogens, including multidrug resistant strains [182].
Since gold NPs are nontoxic to cells, they have been conju-
gated with targeting molecules to achieve specific antibiofilm
activities (Table 1) [183].

5.3. Organic Nanoparticles. Polymeric NPs and polymer
based devices are engineered to provide antibacterial prop-
erties by releasing antibiotics, antimicrobial agents, or bac-
teriostatic peptides or by modifying their surfaces with alkyl
pyrimidines or quaternary ammonium compounds to cause
contact-killing (Table 1).The polycationic groups responsible
for antimicrobial activity cause cell damage perhaps via an ion
exchange interaction between bacteria and charged polymer
surfaces resulting in the disruption of cellular membranes
[184]. The polysaccharides of EPS interact with SO

4

− groups
of functionalized polystyrene NPs by hydrophobic complex-
ation, which disrupts bacterial biofilm formation [185]. A
nanoporous polymer matrix composed of sodium dodecyl
sulfate was found to have significant antibiofilm activity
against E. coli. Likewise, vitamin E-conjugated cationic poly-
mer crosslinked biodegradable hydrogels exhibit bactericidal
and antifungal effects [118, 185, 186]. Levofloxacin (an antibi-
otic,) conjugated poly(lactic-co-glycolic acid) NPs coated
with phosphatidyl choline nanohybrids exhibited enhanced
antibiofilm activity against E. coli [187], and interestingly,
a silicone functionalized PDMS surface (called the brush
design) was highly effective against the bacterial and fun-
gal biofilms of E. coli, S. aureus, and C. albicans without
causing mammalian toxicity [188]. In addition, physico-
chemical surface modifications of titanium using polymers,
such as polymethacrylic acid [189], polyurethane acetate
[190], polyethylene oxide [191], or poly ethylene glycol (PEG)
[192], prevented protein absorption and inhibited bacterial
adherence [193, 194]. Nitric oxide (NO) releasing silica NPs
[195] have been utilized for their bactericidal effects on
planktonicP. aeruginosa cells andused to treat biofilm-related
wound infections in vivo in murine models and reduced
bacterial loads of MRSA [196], A. baumannii [197], and C.
albicans [198].

5.4. Metal-Polymer Nanocomposites. The mechanical prop-
erties of organic polymers are inadequate for device-related



8 BioMed Research International

applications (Table 1), but they can be coated on metal
surfaces by spin coating, dip coating, or layer-by-layer plasma
polymerization [146]. Metal-polymer composites of silicone-
TiO
2
NPs reduced the adhesion of S. aureus by 93% versus

untreated silicone [199], and gallium and zinc NPs incorpo-
rated in a polyether urethane mixed PEG scaffold reduced
P. aeruginosa infection in mice via the controlled release of
gallium NPs where zinc NPs were less effective [200].

5.5. Dendrimers. Dendrimers are three-dimensional struc-
tures with the ability to encapsulate hydrophilic and
hydrophobic entities into the void spaces of their highly
branched structures [201]. Synthesized low molecular weight
peptide dendrimers showed antimicrobial activity against E.
coli and S. aureus without additional antibiotics [202], and
other studies demonstrated the disruption of P. aeruginosa
attachment and prevention of its biofilm formation were due
to the attachment of fucose-specific lectins (LecB) to fucose-
peptide dendrimer ligands [203].

5.6. Cyclodextrins. Cyclodextrins (CDs) are cyclic organic
compounds comprised of glucopyranose units and are used
to solubilize hydrophobic compounds in aqueous media.
It has been reported that CDs surface functionalized with
polyethylene or polypropylene loaded with miconazole
reduced C. albicans biofilm formation by 96% in vitro. Fur-
thermore, gold surface functionalized CD grafted anidula-
fungin and thymol reduced the surface adherence of yeast and
demonstrated fungicidal activity against C. albicans biofilms
[204, 205]. Furthermore, at enhanced drug loading and
retention, ciprofloxacin loaded CD-agar hydrogels showed
broad antibacterial activity against S. aureus, S. epidermidis,
P. aeruginosa, and E. coli and controlled drug release [206].

5.7. Lipid-Based NPs and Microemulsions. Since liposomes
resemble biological cell membrane they have been utilized in
many pharmaceutical applications, including biofilm-related
therapies. Various drug loaded liposomes showed effective
biofilm inhibition and quorum sensing disruption in vitro
[207] and on clinical isolates [208] of E. coli, Acinetobacter
lwoffii, A. baumannii, Bordetella bronchiseptica, Klebsiella
pneumoniae, and P. aeruginosa, in which they reduced the
productions of lipase, protease, and chitinase [209].

Solid lipid nanoparticle (SLN) formulations containing
antimicrobial agents have been used to eradicate biofilm-
forming microorganisms. A SLN formulation containing
PVA hydrogenated castor oil loaded with tilmicosin was used
to treat S. aureus induced mastitis in a murine model [210]
and a SLN formulation containing eugenol showed antifungal
activity in a rat model oral candidiasis [211].

Microemulsions exhibited considerable antibiofilm activ-
ity against P. aeruginosa [212] and C. albicans [213] by
disrupting cytoplasmic membranes, coagulating cytoplasm,
and altering intracellular metabolism.

5.8. Responsive Smart Nanoparticles. A combination of exter-
nal energy and energy absorbing NPs has been used as

a therapeutic means of addressing antimicrobial infections
(Table 1). The basic principle involves causing irreversible
damage in pathogenic cells by activating metal NPs or
polymer-based systems using external energy sources, such
as visible light [214], temperature [215], near-infrared (NIR)
radiation [216], or high frequency alternating magnetic fields
(AMF) [217]. Gold, iron oxide, and graphene NPs have been
utilized as photothermal agents that absorb NIR light and
convert this into heat energy. GoldNPs of various shapes have
been widely studied due to their excellent reactivity to NIR
light, though this reactivity depends on particle size. Gram-
positive, Gram-negative, and mixed species of bacteria were
inactivated thermally by exposing gold [218] or grapheneNPs
[219] to NIR. The temperature of NP-bacterial suspensions
was found to be increased beyond the physiological limits of
bacteria [220].

Nanoscale carriers have also been used for photodynamic
therapy (PDT) to eradicate pathogens using light and pho-
tosensitizers. Exposure of photosensitizer-NP complexes to
light causes the generation of cytotoxic ROS, which then trig-
ger bacterial cell lysis in planktonic and biofilm forms. Conju-
gating photosensitizers onNPs were studied for their efficient
PDT in terms of destroying targeted pathogens or biofilms
[221]. NPs functionalized with porphyrin, methylene blue, or
rose bengal significantly inactivated MRSA [222], C. albicans
[223], and multispecies bacterial [224] biofilms. Although
PDT has potential applications for the treatment of wound
infections, several factors, such as the physicochemical prop-
erties of photosensitizers, the dosages delivered, light dosime-
try, and control of drug release, currently limit its clinical
applications.

Magnetic nanoparticles (MNPs) absorb electromagnetic
radiation fromhigh frequencyAMFand efficiently transmit it
in the form of localized heat, and the hyperthermia produced
by MNPs has been used to destroy in vitro biofilms of S.
aureus and P. aeruginosa [225]. In a recent study, it was
demonstrated MNP hyperthermia efficiently disrupted S.
aureus biofilms in vitro and in an in vivo mouse model of
cutaneous wound infection [226].

6. Antimicrobial and Antibiofilm Mechanisms
of Nanoparticles

The mechanisms underlying the antimicrobial effects of NPs
are not completely understood and vary from the productions
of oxidative and/or free radical formation stressors to DNA
damage (Figure 1). Table 1 summarizes published findings
on the antibacterial and antibiofilm properties of nanostruc-
tured materials, ranging from metals, polymers, and their
composites. Mechanisms responsible for the antibacterial
activity of NPs might involve particle size [227], shape
[228], surface charge [229], or composition,and are believed
to involve [159, 230–232], cell membrane alterations [233,
234], loss of respiratory activity [235], lipid peroxidation
[236], ROS generation [237, 238], DNA unwinding [239],
nitrosation of protein thiols [240], or disruptions ofmetabolic
pathways [241, 242].
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Figure 3: Summary of nanomaterial incorporatingmedical devices.
Prosthetic joint image was reprinted with permission [58].

7. Nanoparticle-Based Antibiofilm Devices

Advances in the nanotechnology have resulted in the devel-
opments of high-performance, multifunctional, bioactive
materials for biomedical devices. Given base materials with
appropriate mechanical (e.g., hardness, stress, and Young’s
modulus) and tribological properties (e.g., wear resistance,
adhesion, and friction), it would appear nanomaterial coat-
ings are likely to result in novel multifunctional and biocom-
patible materials.

Various nanotools are being incorporated into the sur-
faces of biomedical devices to combat infections; Figure 3 and
Table 1 provide more detail of the antimicrobial mechanisms
involved (Figure 1).

8. Future Perspectives

Despite the advances made in the development of novel
antibiofilm agents, devised biofilm treatment strategies are
limited by their high costs and complexities, which means
urgent development is required to identify cost-efficient alter-
natives. As is made clear by this review, recent developments
in nanotechnology-based approaches aimed at preventing,
controlling, and treating bacterial biofilm infections, espe-
cially of biomedical devices, are worthy of serious consid-
eration. Different nanoparticle types and composites with
demonstrated potential bactericidal and fungicidal proper-
ties have been shown to be efficient alternatives to antibiotics
in terms of wound care and related biomedical issues. Nano-
materials are used as constituents of coatings, biomedical
agents, and drug-delivery vehicles and of implant materials
and research remains active in these areas. However, key
issues like NP resistance and surface interactions between

NPs, biofilms, and hosts need to be resolved to ensure
successful clinical applications.

Nanomaterial impregnations of antibiofilm devices are
believed to provide extended antimicrobial effects and to be
minimally toxic as compared with small molecule antimi-
crobials, which exhibit short term activities and are envi-
ronmentally toxic. We hope that this review of the literature
persuades the reader that nanomaterials and nanomaterial-
based biomedical devices with broad spectrum antibiofilm
activities will be produced such that they are potent, non-
toxic, biocompatible, and cost-effective, and that these novel
materials will establish new standards for the treatment and
prevention of pathogenic biofilms.
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Sublethal concentrations (sub-MICs) of certain disinfectants are no longer effective in removing biofilms from abiotic surfaces and
can even promote the formation of biofilms. Bacterial cells can probably adapt to these low concentrations of disinfectants and
defend themselves by way of biofilm formation. In this paper, we report on three Staphylococcus aureus biofilm formers (strong
B+++, moderate B++, and weak B+) that were cultivated with sub-MICs of commonly used disinfectants, ethanol or chloramine T,
and quantified using Syto9 green fluorogenic nucleic acid stain.Wedemonstrate that 1.25–2.5% ethanol and 2500 𝜇g/mL chloramine
T significantly enhanced S. aureus biofilm formation. To visualize differences in biofilm compactness between S. aureus biofilms
in control medium, 1.25% ethanol, or 2500 𝜇g/mL chloramine T, scanning electron microscopy was used. To describe changes in
abundance of surface-exposed proteins in ethanol- or chloramine T-treated biofilms, surface proteins were prepared using a novel
trypsin shaving approach and quantified after dimethyl labeling by LC-LTQ/Orbitrap MS. Our data show that some proteins with
adhesive functions and others with cell maintenance functions and virulence factor EsxA were significantly upregulated by both
treatments. In contrast, immunoglobulin-binding protein A was significantly downregulated for both disinfectants. Significant
differences were observed in the effect of the two disinfectants on the expression of surface proteins including some adhesins,
foldase protein PrsA, and two virulence factors.

1. Introduction

Staphylococcal food poisoning is considered to be one
of the most common foodborne diseases worldwide [1].
Food contamination arises mainly because of inadequately
sanitized food-processing equipment and the subsequent
formation of biofilms on surfaces [2]. Staphylococcus aureus
together with Salmonella spp., Campylobacter spp., entero-
hemorrhagic Escherichia coli, and Listeria monocytogenes are
the major pathogens that are tested for in the meat industry.
Gutiérrez et al., 2012, prepared 442 isolates from food contact
surfaces in dairy, meat, or seafood environments and the
presence of S. aureus was confirmed in 6.1% of samples. The
biofilm form of bacteria, in comparison with its free-floating

planktonic counterpart, is much more resistant to disinfec-
tants, antibiotics, and phagocytosis [3–5], potentially leading
to substantial economic losses and health problems [6]. It was
reported that low concentrations (sub-MIC; sub-minimal
inhibitory concentration) of residual disinfectants may even
provide an opportunity for pathogens to adapt and grow.

A biofilm can be defined as a sessile community of
bacterial cells that are embedded in a matrix of extracellular
polymeric substance (EPS). Although exopolysaccharides are
essential components of the biofilm matrix, recent studies
revealed that bacterial surface-exposed proteins probably
play a substantial role in biofilm development. Cucarella et
al., 2001, studied S. aureus adherence and identified a gene,
inserted in the SapIbov2 pathogenicity island, which encodes
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a surface-exposed protein named Bap (biofilm-associated
protein) [7].The Bap protein is the first of a group of surface-
exposed proteins involved in biofilm development to be iden-
tified. The Bap gene has since been detected in many isolates
of staphylococcal species, however, with only low incidence
in human isolates. Nevertheless, staphylococcal strains can
differ in their pathogenic strategies andmaynot be dependent
on the presence of Bap [8]. Cramton et al., 1999, also showed
that cell-cell adhesion during biofilm formation is probably
mediated via the ica locus and, further, that deletion of the ica
genes (icaADBC) eliminates the ability to produce polysac-
charide intercellular adhesin (PIA) and to form a biofilm in
vitro [9]. However, it is now recognized that the accumulation
of staphylococci can also be promoted by surface proteins in
an ica-independent manner (particularly relevant for MRSA
strains). These proteins are biofilm-associated proteins Bap
[7], ClfB [10], FnBPs [11], SasC [12], SasG [13], and protein A
[14]. ClfB, FnBPs, and proteinA are widely distributed among
strains. When expressed at high levels on the cell surface,
FnBPs, protein A, and SasC can promote biofilm formation.
However, the mechanisms are not yet clear [11].

Staphylococci are nonmotile and nonspore forming fac-
ultative anaerobes. S. aureus possesses many adhesion pro-
teins on its surface, but it is not known how they interact
with each other to form stable connections with the substrate.
Foster et al., 2014, suggested a classification of cell-wall
anchored proteins (CWA) based on the presence of motifs
that have been defined by structure-function analysis and
listed the main group of CWA [15].Themost prevalent group
is the Microbial Surface Component Recognizing Adhesive
Matrix Molecule (MSCRAMM) family. Many of them are
able to bind multiple ligands of the extracellular matrix
(ECM) and thus possess extensive substrate plasticity [16].
Expression of surface-exposed proteins can be altered by
cultivation conditions: some proteins are expressed mainly
in the exponential growth phase [17] and others in the
stationary-phase of growth [18].

Cleaning agents containing ethanol are commonly used
as disinfectants in food-processing environments. Ethanol
is the most popular antibacteriocidal agent, mainly due to
its volatile and harmless character; however, alcohols lack
sporicidal action and they inadequately penetrate protein-
rich materials. For this reason, alcohols are not optimal
as single-agent antiseptics for the disposal of biofilms. The
bactericidal activity of alcohols is related to their ability to
disrupt membrane structures or functions, inhibit protein
synthesis [19], interfere with cell division [20], and impair
steady-state growth [21].They also promote variations in fatty
acid composition, and alterations inmembranes, intracellular
pH, and membrane potential [22].

Chloramine T belongs to the group of chlorine-releasing
agents (CRAs) and its mechanism of action is not fully
known. Chloramine T is bactericidal as well as virucidal [23]
and is used in the food industry as an antimicrobial agent
[24]. It is commonly used to manage biofilm growth [25].
Growth of a S. aureus biofilm can also be enhanced by some
processingmethods encountered in the food industry, such as
suboptimal temperatures or a combination of salt and glucose
[26].

The aim of this study was to determine effective con-
centrations of commonly used food industry disinfectants
that can induce biofilm formation and to describe changes
in the abundance of surface-exposed proteins during biofilm
formation using enzymatic cell surface shaving, dimethyl
labeling, and LC-LTQ/Orbitrap analysis.

Enzymatic shaving of intact bacterial cells is a novel,
rapid method for identification of surface-exposed peptide
epitopes and can be used for protein sorting without the
use of, for example, gel separation (2-DE) or 2D-LC cou-
pled with MS/MS [27, 28]. The cell-wall of Gram-positive
bacteria is permeable to proteins of approximately 50 kDA
and thus trypsin (23 kDa) can diffuse through the cell-wall.
Surface-exposed proteins can be integralmembrane proteins,
lipoproteins, or cell-wall-associated proteins. Cell shaving
can result in contamination with cytosolic factors and, thus,
the best results have been achieved in Gram-positive bacteria
whose thick peptidoglycan cell-walls are more resistant to
spontaneous lysis in solution [28]. Tjalsma et al., 2008,
also tested trypsin-beads, which are unable to penetrate the
bacterial cell-wall and thus probably ensure genuine surface-
exposed localization [27]. The trypsin shaving approach has
been mainly used thus far in combination with MS analysis
for identification of potential vaccine candidates in pathogens
such as Streptococcus pyogenes or Bacillus subtilis [29, 30],
for characterization of S. aureus surfactome interactions with
host plasmaproteins [31], and for characterization of S. aureus
adhesins or other surface proteins with adhesive functions
[32].

2. Materials and Methods

2.1. Biofilm Cultivation. Staphylococcus aureus samples were
collected from food contact equipment in meat-processing
plants. Sampling was carried out in 2 visits. Samples were
taken aseptically from a surface covering approximately
100 cm2 by using a sterile sampling sponge moistened with
LPT Neutralizing Broth and then transported at 4∘C to the
laboratory for immediate processing. Firstly, the strength of
biofilm formation was determined according to Stepanović
et al., 2007, [33] and three biofilm forming S. aureus isolates
(B+++ strong biofilm former, internal collection number:
1275; B++ moderate biofilm former, 1863; B+ weak biofilm
former, 1053; all three isolates were collected from knives
used in slaughtering) were chosen for assessing the effect
of disinfectants on biofilm growth. The S. aureus biofilm
was grown in TSB (Oxoid Ltd., Hampshire, England) sup-
plemented with 1% NaCl (Penta, Chrudim, Czech Republic)
and 1% D-Glucose (Penta, Chrudim, Czech Republic). The
S. aureus biofilms were cultivated in 96-well polystyrene
Nongrowth Enhanced U-Bottomed Tissue Culture Plates
(Falcon, NY, USA) with disinfectants (ethanol or chloramine
T), which were diluted in supplemented TSB to their respec-
tive concentrations (Table 1). A S. aureus biofilm cultivated
in supplemented TSB without disinfectants was considered
as the control. To prepare biofilms, a S. aureus inoculum
(5 h cultivation in shaking water bath at 37∘C) was grown
to 1.5 × 109 cfu/mL and then diluted 1 : 100 in TSB and
dispensed into 200𝜇L aliquots in 96-well polystyrene Tissue
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Table 1: Tested concentrations of chosen disinfecting agents.

Disinfectant Characteristic Range of tested
concentrations

Tested
concentrations

Concentrations identified as
promoting biofilm development (%)

Chloramine T
(𝜇g/mL)

Chlorine-releasing
agent (CRA) 312–5000 312; 625; 1250;

2500; 5000

Isolates:
1 (B+++): 2500
2 (B++): 2500
3 (B+): 2500

Ethanol (%; v/v) Alcohol 0.315–20 0.315; 0.63; 1.25;
5; 8; 10; 15; 20

Isolates:
1 (B+++): 0.63; 1.25; 2.5; 5
2 (B++): 0.63; 1.25; 2.5; 5

3 (B+): 1.25

Culture Plates for Syto9 quantification, or into 10mL aliquots
in 6-well polystyrene Flat-Bottomed Nongrowth Enhanced
Tissue Culture Plates (Falcon) for surface-exposed protein
extraction. Bacteria were incubated in their respective media
(control or medium with disinfecting agents) in an incubator
(Sanyo, Tokyo, Japan) at 37∘C for 48 h. Media were changed
after 24 h of cultivation, and biofilms were cultivated for 48 h.

2.2. Biofilm Quantification. S. aureus biofilms in 96-well Tis-
sue Culture Plates were quantified after 48 h of growth using
Syto9 Green Fluorescent Nucleic Acid Stain (Life Technolo-
gies, Eugen, Oregon, USA). After the mediumwas discarded,
biofilms were washed with 200 𝜇L phosphate-buffered saline
(PBS; pH = 7.2) at room temperature for 15min at 250 rpm
in a TS-100 thermoshaker (BioSan, Michigan, USA). Syto9
was diluted in PBS (1 : 3600). PBS and diluted Syto9 solution
(100 𝜇L of each) were added consecutively per well to the
washed biofilms. After 1 h of incubation in a thermoshaker
at 37∘C at 250 rpm in the dark, fluorescence was measured
using a Synergy H1 Hybrid Reader (BioTek, Vermont, USA)
(excitation: 478 nm, emission: 510 nm, and gain: 60%).

2.3. Scanning ElectronMicroscopy (SEM). For SEM, S. aureus
biofilm former B+ (1053) was grown on plastic cover slips
(Falcon) for 48 h as described above. After biofilm cultivation
slips were replaced, they were washed three times in PBS,
fixed in 3% Millonig phosphate-buffered gluteraldehyde 3x
for 10min (Serva, Germany), postfixed in 2% Millonig
osmium tetroxide buffered solution for 1 hour (Serva, Ger-
many), and then washed 3x for 10min in Millonig phosphate
buffer.The samples were subsequently dehydrated in increas-
ing concentrations of acetone (50, 70, 90, and 100%), every
step for 20min, and dried in hexamethyldisilazane (Sigma-
Aldrich, Czech Republic) for 3 h in a hood at RT. Then, the
sampleswere placed on carbon tabs attached to an aluminium
holder and coated with platinum/palladium (Cressington
sputter coater 208 HR, UK). The structure and interaction of
biofilm cells were observed under aHitachi SU 8010 scanning
electron microscope (Hitachi High Technologies, Japan) at a
magnification of 6000x (at 15 kV, wd 10.9mm).

2.4. Cell Surface-Exposed Protein Extraction. For the extrac-
tion of surface-exposed proteins, S. aureus biofilms were cul-
tivated in polystyrene 6-Well Clear Flat Bottom TC-Treated

Multiwell Cell Culture Plates (TPP, Trasadingen, Switzerland)
and their inoculum in 50mL tubes (TPP, Trasadingen,
Switzerland).The inoculumwas used as a control (planktonic
cells). The fraction of surface-exposed proteins was prepared
by trypsin shaving according to Tjalsma et al., 2008 [27], with
minor modifications. Briefly, after medium removal, biofilm
cells were resuspended by repeated pipetting in PBS (pH =
7.2), washed twice in PBS, and centrifuged at 14000×g for
10min. Washed biofilm cells were resuspended in 2mL PBS.
The cell number of washed biofilm cells and the inoculum
were determined using qPCR. Equal amounts of biofilm cells
and inoculumwere incubated in a thermoshaker with trypsin
to a final concentration of 1 𝜇g/mL at 37∘C for 1 h at 550 rpm.
After digestion, cells were centrifuged at 14000×g for 5min
and supernatants containing shaved proteins were stored.
The concentration of “shaved protein” extracts was deter-
mined spectrophotometrically (A280) using a NanoDrop�
2000/2000c (Thermo Scientific, Wilmington, USA). Three
independent cultivations and subsequent extractions were
carried out. Extracts were reduced, alkylated, and trypsinized
prior to mass spectral analysis according toWiśniewski et al.,
2009 [34].

2.5. Protein Labeling for Quantitative Analysis. Protein quan-
tification was based on multiplexed peptide stable iso-
tope dimethyl labeling [35]. Samples (tryptic peptides)
were dissolved in 100mM triethylammonium bicarbonate
(TEAB) and 4% formaldehyde CH

2
O (“light”). Deuter-

ated formaldehyde CD
2
O (“intermediate”) or formaldehyde

13CH
2
O(“heavy”)were added followedby 4% sodiumcyano-

borohydride NaBH
3
CN (“light, intermediate”) or sodium

cyanoborodeuterideNaBD
3
CN(“heavy”).Themixtureswere

incubated for 45min at room temperature and quenched
with 1% NH

3
. After addition of 8𝜇M formic acid, 3 dif-

ferentially labeled samples were pooled and desalted using
Empore�C18-SD 4mm/1mL SPE cartridges (Supelco, Belle-
fonte, Pennsylvania). Treated biofilm extracts were labeled
“heavy,” the treated planktonic cell extracts were labeled
“intermediate,” and inoculum extracts were labeled “light.”
Labeled extracts were combined as follows: treated biofilm
compared to inoculum and treated planktonic cells com-
pared to inoculum. The surfactome of treated biofilm or
treated planktonic cells and the inoculum were compared
for identification of proteins whose abundance increased in
response to cultivation of biofilmswith disinfectants. Samples
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were analyzed using LC-LTQ/Orbitrap hybrid MS (Thermo
Scientific, San Jose, California).

2.6. LC-MS/MS Analysis. LC-MS/MS analysis of tryptic
peptides was performed on a Dionex UltiMate 3000 RSLC
liquid chromatograph connected to a LTQ-Orbitrap Velos
Pro hybrid mass spectrometer (Thermo Scientific). For each
analysis, 5 𝜇g of peptide sample was used. Samples were
separated on EASY Spray C18 columns (length 50 cm, ID
75 𝜇m, and particles 3 𝜇m) at a flow rate of 200 nL/min and
a gradient of 1 hour. The mass spectrometer was operated
in MS spectra data-dependent mode (Orbitrap analyzer,
30 000 FWHM resolution, mass range 390–1700 m/z). The
ten most abundant peptides were isolated and fragmented
using collision-induced dissociation (CID) (normalized col-
lision energy 35) followed by MS/MS scan (LTQ analyzer).
Dynamic exclusion was enabled (30 s duration).

2.7. Data Analysis. Raw LC-MS/MS data were analyzed using
Proteome Discoverer (v1.4). Tandemmass spectra identifica-
tion was performed employing the SEQUEST algorithm. For
each search, precursor and fragment mass tolerances were
10 ppm and 0.6Da, respectively. Cysteine carbamidomethy-
lation was set as a fixed modification; methionine oxidation
was set as a dynamic modification. Only peptides with false
discovery rates of ≤5% were considered.

2.8. Statistical Analysis. Data analysis was performed using
the statistical software Statistica 9.1 (StatSoft, Inc., Tulsa,
OK, USA) and GraphPad Prism 5.04 (GraphPad Software,
Inc., San Diego, CA, USA). Data regarding the fluorescent
quantification of biofilms using Syto9 labeling were analyzed
by one-factor ANOVA followed by Dunnett’s post hoc test
(treatments versus control).

Evaluation of mass spectrometry quantification data
was performed in such a way that medians of folds
H/L (“heavy”/“light”) and M/L (“intermediate”/“light”) of
selected proteins for all disinfectants were compared with
the value 1.0 using the Wilcoxon signed rank test with null
hypothesis: Median = 1.0.

3. Results

3.1. Syto9 Biofilm Quantification. Three chosen isolates of
S. aureus (B+++ strong biofilm former, internal collection
number: 1275; B++ moderate biofilm former, 1863; B+ weak
biofilm former, 1053) were cultivated statically in 96-well
plates for biofilm with varying concentrations of ethanol or
chloramine T (treated cells) or without disinfectant (control
cells). After 48 h of cultivation biofilms were quantified using
the Syto9 green fluorogenic nucleic acid stain. Syto9 diffuses
passively through cellular membranes and binds to DNA.
As DNA also forms a substantial part of the extracellular
matrix, this dye stains intracellular DNA as well as DNA
in the extracellular matrix and thus provides information
about total biofilm biomass regardless of whether the cells
are alive or dead [35]. To determine sub-MICs of chosen
disinfectants that promote biofilm formation, quantities of

treated and control biofilms were compared. Statistical anal-
ysis revealed that biofilm formation by the biofilm formers
was increased after application of disinfection reagents. For
isolate B+++ (1275), ethanol, at concentrations from 0.63 to
5% (v/v), approximately equally promoted biofilm forma-
tion. Biofilms in treated samples were increased approxi-
mately 0.75x compared to the control. Similarly, for isolate
B++ (1863), biofilm formation was increased approximately
equally (0.66x) to all concentrations of ethanol tested. For the
weak biofilm former B+ (1053) the biofilm grew progressively
with increasing ethanol concentrations (from0.63% to 1.25%)
and reached a maximum at 1.25% ethanol; biofilm formation
then decreasedwith further increase in ethanol concentration
(5% ethanol). With chloramine T treatment, statistically
significant biofilm formation by the strong biofilm former
B+++ (1275) occurred only at concentrations of 1250 and
2500 𝜇g/mL. At 5000𝜇g/mL no biofilm formation occurred.
Biofilm formation by the moderate biofilm forming isolate
B++ (1863) gradually increased with increasing concen-
trations of chloramine T, and maximum formation was
observed at 2500 𝜇g/mL; after application of 5000𝜇g/mL of
chloramine T, biofilm formation decreased. Treatment of the
weak biofilm producer B+ (1053) with 623𝜇g/mL chloramine
T did not lead to biofilm formation but this was significantly
increased after treatment with 1250, 2500, and 5000 𝜇g/mL
chloramine T. Maximum formation of biofilm was measured
after treatment with 2500𝜇g/mL chloramine T (𝑃 > 0.01;
ANOVA, Dunnett’s test; Figure 1).

3.2. Enzymatic Extraction of Surface Proteins (Trypsin “Shav-
ing”). The surface proteomewas analyzed on S. aureus isolate
1053, in which the largest increase in biofilm formation was
measured by Syto9 labeling (3.2x with 1.25% ethanol and 2.2x
with 2500𝜇g/mL chloramine T). The biofilm of S. aureus
isolate 1053 was cultivated for 48 h in 6-well plates with a
concentration of ethanol or chloramine T that was observed
to promote biofilm formation (1.25% ethanol and 2500𝜇g/mL
chloramineT). Surface-exposed proteinswere extracted from
biofilms treated with chloramine T and from the inoculum
using the trypsin shaving approach. The “harvest” from
trypsin shaving was 0.75 mg of cell surface-exposed-protein
extract from 1 × 109 nontreated biofilm cells, 0.80mg from
treated biofilm cells, and 0.38mg of cell surface-exposed
protein extract from 1 × 109 inoculum cells.

3.3. Mass Spectrometric Analysis. Extracts from 1.25% eth-
anol- and 2500 𝜇g/mL chloramine T-treated cells were exam-
ined by mass spectrometry and many unique proteins (1162
and 1321, resp.) were identified. Of these, 92 and 128, respec-
tively, of the identified proteins were located in themembrane
or cell surface or had an extracellular location.

Our data shows that 6 groups of proteins showed signif-
icant up- or downregulation in treated biofilm forming cells
compared to the inoculum (Table 2). The following groups
of proteins were identified: (1) adhesin proteins involved in
surface adherence; (2) proteins involved in cell-wall synthesis
and organization; (3) cell maintenance proteins; (4) nascent
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Figure 1: Syto9 quantification of 3 biofilm forming isolates of S. aureus treated with different concentrations of ethanol or chloramine T.
Strong biofilm former (B+++), moderate biofilm former (B++), and weak biofilm former (B+) were treated with increasing concentrations
of ethanol (a) or chloramine T (b) and biofilm quantity was determined by Syto9 labeling. Graphs show biofilm levels in samples cultivated
with disinfectants versus controls (samples cultivated without disinfectants). Columns represent mean values of fluorescence and vertical
bars represent 95% confidence intervals regarding the means.

transmembrane protein transporters; (5) uncharacterized
proteins; (6) virulence factors.

Several proteins were found to be significantly upreg-
ulated after treatment: from the adhesins: clumping fac-
tor A and extracellular adherence protein Eap; from cell
maintenance proteins: large-conductance mechanosensitive
channel, uncharacterized lipoprotein SAS2259, and virulence
factor EsxA. Immunoglobulin-binding protein A was sig-
nificantly downregulated with both disinfectants. A statis-
tically significant difference in the effect of tested disinfec-
tants on the expression of surface proteins was measured
for adhesins: fibronectin-binding protein A (chloramine T,
upregulation; ethanol, downregulation) and iron-regulated
surface determinant protein A (ethanol, upregulation; chlo-
ramine T, downregulation); nascent transmembrane protein
transporters: foldase protein PrsA (ethanol, upregulation;
chloramine T, downregulation) andUPF0478 protein SA1560
(chloramine T, upregulation; ethanol, downregulation), and
virulence factors: serine-aspartate repeat-containing protein
C and staphylococcal secretory antigen ssaA2 (ethanol,
upregulation; chloramine T, downregulation).

Significant upregulation of the following proteins was
observed only in ethanol-treated biofilm cells compared to
the inoculum: clumping factor B, immunoglobulin-binding
protein sbi, and virulence factors penicillin-binding protein
1 and phospholipase C. Downregulation was observed for
proteins involved in cell-wall synthesis and lipoteichoic acid
synthase. Similarly, statistically significant differences were
demonstrated only in chloramine T-treatment for the fol-
lowing proteins: from adhesins: fibrinogen-binding proteinA
(upregulation); from cell-wall synthesis and organization: N-
acetylmuramoyl-L-alanine amidase sle1 and probable trans-
glycosylase SceD (downregulation), and from cell mainte-
nance proteins: cold shock protein CspA (downregulation).

3.4. Visualization of S. aureus Control and Treated Biofilms
by Scanning Electron Microscopy. Control and 48 h biofilms
treated with disinfectants differed not only in quantity, as
determined by Syto9 labeling, but also in compactness; this,
however, was not clearly captured by Syto9 labeling. For
this reason we used scanning electron microscopy (SEM) to
visualize the weak biofilm former B+ (1053), which was then
used forMS analysis of the surface proteome (Figure 2). It was
clearly seen from representative SEM images that biofilms
formed after treatment with 1.25% ethanol or 2500𝜇g/mL
chloramine T were more compact in comparison with the
control biofilm. In addition, the 2500𝜇g/mL chloramine T-
treated biofilm appeared to bemore compact than the biofilm
treated with 1.25% ethanol.

4. Discussion

It has been reported that sublethal concentrations (sub-
MICs) of certain disinfectants are no longer effective in
removing biofilms from abiotic surfaces and can even
promote the formation of biofilms. Tolerance of bacte-
rial biofilms to disinfectants increases the risk of cross-
contamination of food. Bacterial cells probably react to the
presence of disinfectants and defend themselves by way of
biofilm formation [36]. As disinfectants diffuse through the
biofilm matrix their concentration is lowered and bacterial
cells can adapt. For example, biofilm formation of S. epider-
midis exposed to benzalkonium chloride at 1/16, 1/18, and 1/32
of the MIC was increased from 11.4% to 22.5% without any
significant effect on planktonic growth [37].

Our data showed that ethanol and chloramine T, at
sub-MICs, are each capable of promoting biofilm formation
by S. aureus. Different isolates of S. aureus from meat-
processing environments were tested for biofilm formation
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Table 2: Differentially regulated proteins in biofilm samples treated with two disinfectants as determined using LC-LTQ/Orbitrap MS.

Description PGA Ethanol (E) Chloramine T (C) Differences between
disinfectantsb𝑛 Mediana QD 𝑛 Mediana QD

Adherence

Clumping factor A Q6GB45 23 3.990∗∗ 0.119 45 3.650∗∗ 0.648
Clumping factor B Q6G644 6 2.358∗∗ 0.159 11 0.845 0.316 EC∗∗

Elastin-binding protein EbpS Q6G983 2 0.879 0.164 8 1.259 0.440
Enolase A7WZT2 88 0.998∗ 0.087 83 1.131∗∗ 0.203

Extracellular adherence protein Eap D9RNP1 4 3.271∗ 0.379 6 2.807∗∗ 0.144
Fibrinogen-binding protein P68799 2 1.334 0.109 4 2.114∗∗ 0.059

Fibronectin-binding protein A Q6G6H3 4 0.267∗ 0.079 8 1.655∗∗ 0.125 EC∗∗

Immunoglobulin-binding protein A Q8NYT0 75 0.091∗∗ 0.058 45 0.018∗∗ 0.010
Immunoglobulin-binding protein sbi Q6G6Q3 47 1.368∗∗ 0.263 38 1.088 0.165 EC∗

Iron-regulated surface determinant
protein A A7X148 5 1.358∗∗ 0.058 13 0.620∗∗ 0.040 EC∗∗

Cell wall synthesis
and organization

Lipoteichoic acid synthase Q2FIS2 13 0.786∗ 0.322 15 0.407 0.292
N-acetylmuramoyl-L-alanine amidase

sle1 Q2FJH7 9 0.885 0.361 4 0.189∗∗ 0.008 EC∗

Probable transglycosylase SceD A7X6T9 2 2.033 0.025 4 0.305∗∗ 0.050 EC∗

Physiological
proteins

Cold shock protein CspA Q2FH36 7 0.067 0.335 4 0.067∗∗ 0.009
Large-conductance mechanosensitive

channel A7X204 6 1.527∗∗ 0.065 4 1.306∗ 0.029

Transport through
membrane Foldase protein PrsA A7X3U8 19 1.287∗∗ 0.342 17 0.668∗∗ 0.066 EC∗∗

Uncharacterized
proteins

Uncharacterized lipoprotein MW0073 Q8NYU0 1 1.256 0.000 7 0.852 0.072
Uncharacterized lipoprotein SAS2259 Q6G6V2 16 1.461∗∗ 0.177 15 1.259∗∗ 0.106

UPF0478 protein SA1560 Q7A531 22 0.862∗∗ 0.102 27 1.245∗∗ 0.125 EC∗∗

Virulence factors

Penicillin-binding protein 1 Q8NX37 4 1.247∗ 0.041 2 0.323 0.009
Phospholipase C A5IUH1 4 5.909∗ 2.231 2 5.252 0.118

Secretory antigen SsaA-like protein A6QEX4 2 5.578 0.106 0
Serine-aspartate repeat-containing

protein C Q6GBS6 32 2.819∗∗ 0.404 12 0.392∗∗ 0.054 EC∗∗

Staphylococcal secretory antigen ssaA2 Q2G2J2 22 4.088∗∗ 2.288 21 0.469∗∗ 0.135 EC∗∗

Virulence factor EsxA Q5HJ91 16 2.002∗∗ 0.980 17 2.261∗∗ 1.384
PGA: protein group accession number; 𝑛: number of peptides; QD: quartile deviation.
aItalic/bold numbers represent statistically significant fold changes in the indicated proteins (upregulated/downregulated) (∗∗𝑃 < 0.01; ∗𝑃 < 0.05; Wilcoxon
signed rank test with theoretical median = 1.0).
bStatistically significant differences between disinfectants (∗∗𝑃 < 0.01; ∗𝑃 < 0.05; Mann-Whitney test followed by post hoc tests).

S. aureus
1053

48h biofilm

Control 1.25% ethanol 2500𝜇g/mL chloramine T

Figure 2: Representative SEM images of 48 h biofilm formed by B+ (1053) isolate in medium (control), 1.25% ethanol, or 2500 𝜇g/mL
chloramine T. Arrows: extracellular matrix.
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according to the methods of Stepanović et al., 2007 [33].
One representative was a strong biofilm former (B+++), one
was a moderate biofilm former (B++), and one was a weak
biofilm former. These were chosen to quantify the effects
of disinfectants on biofilm formation. The S. aureus isolates
were cultivated in 96-well plates with different sublethal
concentrations of ethanol, or chloramine T, and biofilm for-
mationwas quantified using Syto9Green FluorescentNucleic
Acid Stain. After application of 1.25% ethanol or 2500 𝜇g/mL
chloramine T, not only was there an increase in biofilm
formation, as depicted in Figure 1, but also there were changes
in the quality of the biofilm compared to the control (the
biofilms were firmer and more symmetrically proportioned
after application of disinfectants). This qualitative aspect of
biofilm formation cannot be fully captured by Syto9 staining,
which is why visualization of treated and control biofilms was
carried out by scanning electron microscopy (Figure 2).

Statistical analysis showed that 0.63–5% ethanol in case
of strong and moderate biofilm formers and 0.63–2.5%
ethanol in case of weak biofilm former significantly promoted
biofilm formation. The maximum biofilm formation was
observed for 2.5% ethanol formoderate and 1.25% ethanol for
weak biofilm forming isolates. This finding is in agreement
with previous studies [36] where elevated biofilm formation
was observed after application of 1-2% ethanol. Ethanol, at
2.4% v/v, enhanced the expression of a number of biofilm-
promoting genes in S. aureus [38]. It was also demonstrated
that application of other alcohols (ethanol, methanol, iso-
propanol, isoamyl alcohol, and n-butanol) to preformed S.
aureus biofilms enhanced biofilm growth [39].

The effect of sub-MICs of chloramine T on biofilm
formation has not previously been tested. Our data showed
a statistically significant increase in biofilm formation in
response to 1250 and 2500 𝜇g/mL chloramine T in the strong
isolate, 623–5000𝜇g/mL in the moderate isolate, and 1250–
5000 𝜇g/mL in the weak biofilm forming isolate compared
to the control (Figure 1). Maximum biofilm formation was
observed in all three isolates with 2500𝜇g/mL of chloramine
T.

It was reported that formation of biofilms can be en-
hanced not only by chemicals, but also by other stress con-
ditions such as temperature [40, 41] or pH [42]. Ciccio et
al., 2014, observed that 38 out of 67 tested S. aureus strains
(57%) grew at 37∘C on polystyrene or stainless steel, while,
in comparison, only one strain grew at 12∘C. They also
observed that cell surface hydrophobicity levels increased
with temperature.

Ethanol or chloramine T treatments of S. aureus biofilms
were further analyzed to describe changes in the abundance
of surface-exposed proteins after treatment. Enzymatic cell
surface shaving, dimethyl labeling, and LC-LTQ/Orbitrap
analysis were used to describe changes in the abundance
of surface-exposed proteins in treated biofilms and the
inoculum. To reduce the number of false positives and to
correct for experimental variations, only those proteins with
at least two unique peptides in three triplicate experiments
were considered significant.

Our data shows that ethanol as well as chloramine T-
treated S. aureus biofilm cells expressed higher levels of

proteins associated with cell attachment than control cells.
The observation that biofilm-producing cells overexpress
adhesins compared to their planktonic counterparts is in
agreement with other studies [43–45]. These proteins belong
to the MSCRAMM group of surface-exposed proteins, but
their biological importance and their roles in adhesion
and virulence of S. aureus are not completely known.
MSCRAMMs promote adhesion of S. aureus to the extracel-
lular matrix, to the surface of host cells, and to biomaterial
surfaces that are conditioned, for example, by the deposition
of plasma proteins. Four S. aureus surface-exposed proteins,
clumping factorA (ClfA), fibronectin-binding proteinsA and
B (FnBPA and FnBPB), and enolase, were found as the main
factors involved in the adherence of S. aureus to polyurethane
membranes of ventricular assist devices [46]. As fibronectin
is present on epithelial and endothelial surfaces and is also
part of blood clots, fibronectin-binding proteins (Fnbp A/B)
and clumping proteins (Clp A and B) help S. aureus to
invade these tissues [3]. Enolase was identified as a 52 kDa
surface receptor of laminins [47] and, thus, may play a
critical role in the pathogenesis of S. aureus by allowing
its adherence to the laminin-containing extracellular matrix.
Surface-exposed proteins directly or indirectly interact with
integrins and promote the invasion of nonphagocytic host
cells. Intercellular bacteria can cause host cell apoptosis or
they can enter a nondisruptive semidormant state (“small
colony variants”). These surface-exposed proteins probably
also play a role in the accumulation of S. aureus cells during
biofilm formation [11]. Differences between chloramine T
and ethanol treatments were recorded for these proteins with
adherence function: enolase, fibronectin-binding protein A,
and iron-regulated surface determinant protein A (Table 2).
The biofilm/inoculum ratios for enolase were approximately
1 for both treatments, which probably means that chloramine
T does not lead to upregulation of enolase or ethanol to its
downregulation. It is possible that inoculum cells express
similar levels of enolase as biofilm cells in order to adhere.
Our data show that chloramine T leads to upregulation
of fibronectin-binding protein A (fib) and ethanol to its
downregulation, despite the fact that fibrinogen-binding
protein (fnb) was upregulated after both treatments. The
difference between these two proteins is in their substrate
plasticity. While fib binds preferentially to fibronectin, fnb
protein binds to multiple substrates (Table 3). In contrast,
iron-regulated surface determinant protein A (isdA) was
downregulated after chloramine T-treatment and upregu-
lated after ethanol treatment. IsdAprotein also bindsmultiple
ligands, for example, fibronectin, or contributes to bacterial
cell adherence (Table 3). It is questionable whether these
data suggest a disinfectant-specific response of S. aureus.
The remaining identified proteins, on the contrary, might
suggest a general stress response. This question would be
better answered by a detailed analysis of whole cell extracts
and confirmed using RT-PCR transcriptome analysis.

According to our data, proteins involved in cell-wall
synthesis were shown to be predominantly downregulated in
treated biofilm cells compared to the inoculum. This might
have been due to differences in the growth phase between
biofilm and inoculum cells: whilst, after 16 h of cultivation,
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Table 3: Description of proteins listed in Table 2.

Abbreviation Description

Clumping factor A (clfA)
Cell surface-associated protein implicated in virulence, promotes bacterial
attachment exclusively to the gamma-chain of human fibrinogen, induces
formation of bacterial clumps (933 aa)

Clumping factor B (clfB)
Cell surface-associated protein implicated in virulence by promoting bacterial
attachment to both alpha- and beta-chains of human fibrinogen and inducing
the formation of bacterial clumps (913 aa)

Cold shock protein (cspA)
Involved in cold stress response and in the susceptibility to an antimicrobial
peptide of human cathepsin G (CG117-136). Regulates yellowish-orange pigment
production through a still unclear SigB-dependent mechanism (66 aa)

Elastin-binding protein (ebpS)

Promotes binding of soluble elastin peptides and tropoelastin to S. aureus cells
although it is not able to promote bacterial adherence to immobilized elastin
and, therefore, is not a Microbial Surface Component Recognizing Adhesive
Matrix Molecule (MSCRAMM) (486 aa)

Enolase (eno)

Phosphopyruvate hydratase; catalyzes the reversible conversion of
2-phosphoglycerate into phosphoenolpyruvate; it is essential for the degradation
of carbohydrates via glycolysis; binds laminin when expressed on the bacterial
cell surface; this probably induces destruction of the extracellular matrix,
favoring invasion and dissemination (434 aa)

Extracellular adherence protein (eap) Adherence and invading of eukaryotic cells (985 aa)
Fibrinogen-binding protein (fib) Binds to host fibrinogen (165 aa)

Fibronectin-binding protein A (fnb)

Promotes bacterial attachment to multiple substrates, such as fibronectin (Fn),
fibrinogen (Fg), elastin peptides, and tropoelastin; this confers to S. aureus the
ability to invade endothelial cells; promotes adherence to and aggregation of
activated platelets (1018 aa)

Foldase protein (prsA) Export protein; plays a major role in protein secretion by helping the
posttranslocational extracellular folding of several secreted proteins (320 aa)

IgG-binding protein SBI (sbi) Interacts with components of both the adaptive and innate host immune system,
thereby protecting the cell against the host immune response (436 aa)

Immunoglobulin G-binding protein A (spA) Function in pathogenesis (508 aa)

Immunoglobulin G-binding protein Sbi Interacts with components of both the adaptive and innate host immune system,
thereby protecting the cell against the host immune response (436 aa)

Immunoglobulin-binding protein (sbi) Interacts with components of both the adaptive and innate host immune system,
thereby protecting the cell against the host immune response (436 aa)

Iron-regulated surface determinant protein A (isdA)

LPXTG cell-wall surface anchor protein; transfers its hemin to hemin-free IsdC
(apo-IsdC) directly probably through the activation of the holo-IsdA-apo-IsdC
complex and driven by the higher affinity of apo-IsdC for the cofactor; the
reaction is reversible; binds transferrin, lactoferrin, heme, hemoglobin, hemin,
fetuin, asialofetuin, protein A; also binds fibronectin and chains B, beta and
gamma of fibrinogen, promoting clumping of S. aureus with fibrinogen; was also
shown to adhere to plastic (350 aa)

Large-conductance mechanosensitive channel (mscL)
Channel that opens in response to stretch forces in the membrane lipid bilayer;
may participate in the regulation of osmotic pressure changes within the cell
(120 aa)

Lipoteichoic acid synthase (ltaS)
Sulfatase; catalyzes the polymerization of lipoteichoic acid (LTA) polyglycerol
phosphate, a reaction that presumably uses phosphatidylglycerol (PG) as
substrate is required for staphylococcal growth and cell division process (646 aa)

N-acetylmuramoyl-L-alanine amidase (sle1)

Peptidoglycan hydrolase involved in the splitting of the septum during cell
division; binds to both alpha- and beta-chains of human fibrinogen as well as
fibronectin, which suggests a role in the colonization of host factor-coated
material or host tissue; also exhibits lytic activity against S. carnosus and S.
aureus cells but not againstM. luteus cells (334 aa)

Penicillin-binding protein 1 (pbp1) Penicillin-binding protein 1 (744 aa)

Phospholipase C (hlb)

Bacterial hemolysins are exotoxins that attack blood cell membranes and cause
cell rupture; beta-hemolysin is a phospholipase C with specific activity toward
sphingomyelins; has a high specificity for sphingomyelin and hydrolyzes
lysophosphatidylcholine at a much lower rate but has no activity toward
phosphatidylcholine, phosphatidylethanolamine, or phosphatidylserine (330 aa)
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Table 3: Continued.

Abbreviation Description

Probable transglycosylase (sceD) Cleaves peptidoglycan and affects clumping and separation of bacterial cells
(231 aa)

Secretory antigen SsA-like protein Immunogenic protein (267 aa)

Serine-aspartate repeat-containing protein C (sdrC)
sdrC protein; cell surface-associated protein which possibly mediates
interactions of S. aureus with components of the extracellular matrix of higher
eukaryotes; may bind calcium (947 aa)

Staphylococcal secretory antigen Ss aa2 (scaD) Immunogenic protein (265 aa)

Virulence factor (esxA) Hypothetical protein; virulence factor that is important for the establishment of
infection in the host (97 aa)

source: http://www.string-db.org.

inoculum cells should be in the early stationary-phase of
growth, still multiplying and growing, biofilm cells are
probably in the late stationary-phase of biofilm formation and
differentiation, in which mainly proteins of the extracellular
matrix are expressed.

The large-conductance mechanosensitive channel was
upregulated after treatment with both disinfectants (Table 2).
Probably this protein might participate in regulation of
osmotic pressure induced by the presence of chloramine T
or ethanol (Table 3). Foldase protein PrsA that participates in
transport of secreted proteins throughmembranes was deter-
mined to be downregulated after chloramine T treatment and
upregulated after ethanol treatment. Its upregulation may be
associated with the fact that ethanol might disrupt the cell
membrane or with another metabolic response to ethanol.

Virulence factors of S. aureus, such as phospholipase C,
iron-regulated surface determinant protein A, staphylococcal
secretory antigen ssaA2, and virulence factor EsxA, were
also detected. Only virulence factor EsxA was found to be
upregulated in the treated biofilm. This is in agreement
with the claim that planktonic cells are generally more
virulent than their biofilm counterparts [44]. The functions
of these proteins are listed in Table 3. Perhaps the most
striking differences between the chloramine T and ethanol
treatments were measured for two virulence factors of S.
aureus: serine-aspartate repeat-containing protein C (SdrC)
and staphylococcal secretory antigen (ssaA2), which were
both upregulated after treatment with ethanol and downreg-
ulated by chloramine T treatment. SdrC is a cell surface-
associated protein that possibly mediates interactions of S.
aureus with components of the extracellular matrix of higher
eukaryotes. This protein contains the C termini LPXTG
motifs and hydrophobic amino acid segments and thus
is a characteristic member of surface proteins covalently
anchored to peptidoglycan. Staphylococcal secretory antigen
ssaA2 is an immunogenic protein of unknown function. It
was also observed in other studies that ethanol increased
the level of genes considered necessary for production and
viability of the biofilm.These included icaAD, sdrDE, pyr, and
ure [38]. Generally, exposure to ethanol increases pathogenic
traits and induces oxidative-stress responses. This effect of
ethanol might be related to the upregulation of sdrC and
ssaA2 virulence factors.

The last group of proteins consisted ofmultiple uncharac-
terized proteins that could play an important role in biofilm
development. Uncharacterized proteins that are upregulated
in the biofilm are probably components of metabolic or
physiological pathways of biofilm formation and differenti-
ation. Some of these uncharacterized proteins might be stress
response factors that could be expressed in response to the
presence of disinfectants.

Expression of cell-wall associated proteins in this study,
as well as in many other studies, was determined after
cultivation in bacterial growth medium. However, when S.
aureus contaminates, for example, a working table or knives
in a food-processing environment, or infects a wound on
human skin, the bacterial growth conditions will be quite
different from those in medium in vitro, and this may affect
the expression of surface-exposed proteins. Variable levels
of single proteins might also be partly due to biological
variation. After binding to the surface, biofilm cells usually
become multilayered and differentiated. Growth conditions
(supply of oxygen and nutrients) vary greatly among the
various layers; this can promote differential growth and
physiology and should also result in differences in protein
expression.

Analysis of proteomic differences between biofilm and
planktonic forms of different bacterial species is currently
the subject of much research [48–50]. There are a number of
reports on the expression ofMSCRAMMadhesins, using one
or two basic approaches: studies of surfactome expression at
the transcriptome level or studies of surfactome expression at
the proteome level. For the first approach, DNA microarray
analysis that enables the simultaneous determination of the
total transcriptional response is mainly applied [38, 45]. A
disadvantage of this approach is that the level of mRNA
can differ from the final level of its corresponding protein.
For the second, combination of 2D-gel separation and mass
spectrometry is generally employed [44, 50–53], or flow
cytometry [54]. Enzymatic shaving is a novel and appropriate
approach for surface-exposed protein extraction. It is a very
simple and fast method and extracts obtained using enzy-
matic shaving containminimal levels of cytoplasmic contam-
inants that could obscure minor amounts of surface-exposed
proteins. The simple mixture of dimethyl-labeled samples is
also an advantage for mass spectrometric analysis [28].

http://www.string-db.org
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The major task for the future is to find more effec-
tive solutions for biofilm-associated contamination. Bacterial
cells are able to adapt to low concentrations of disinfecting
substances and form biofilm barriers. During the first step of
biofilm formation, adhesive molecules are mainly expressed.
They are one of the basic contributors to the survival,
pathogenicity, and virulence of bacteria such as S. aureus
and thus might represent markers for a molecule-targeted
approach for the eradication of contaminating biofilms.
Surface-exposed proteins are also currently being evaluated
as potential antigens in vaccines [55, 56].These topics require
further investigation.

5. Conclusion

In the present work we have demonstrated that treatment of
S. aureus isolates from a meat-processing environment with
1.25–2.5% ethanol or 2500𝜇g/mL chloramine T enhanced
biofilm formation as determined by Syto9 labeling. The
change in compactness of the biofilm after treatment with
ethanol or chloramine T was visualized by scanning electron
microscopy. Further we demonstrated that trypsin shaving
in combination with dimethyl labeling and high-resolution
LC-MS/MS analysis serves as a rapid and valuable tool for
studying changes in abundance of surface-exposed proteins
connected with bacterial biofilm formation. Biofilm cell
treated with 1.25% ethanol or 2500𝜇g/mL chloramine T
exhibited elevated expression of proteins that are involved
in adhesion and sessile growth of S. aureus. The overall
control of surface proteins appears to be more or less similar
after administration of ethanol or chloramine T. The main
differences were in regulation of some adhesins (fibronectin-
binding protein A, iron-regulated surface determinant pro-
tein A), transport protein foldase protein PrsA, and virulence
factors (serine-aspartate repeat-containing protein C; staphy-
lococcal secretory antigen ssaA2).This work confirms results
of previous studies where, using classical microbiological
methods, some sub-MICs of ethanol and chloramine T
were shown to promote S. aureus biofilm formation. This is
supported by MS proteomic analysis.
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Penadés, “Bap, a Staphylococcus aureus surface protein involved
in biofilm formation,” Journal of Bacteriology, vol. 183, no. 9, pp.
2888–2896, 2001.

[8] C. Latasa, C. Solano, J. R. Penadés, and I. Lasa, “Biofilm-
associated proteins,”Comptes Rendus—Biologies, vol. 329, no. 11,
pp. 849–857, 2006.

[9] S. E. Cramton, C. Gerke, N. F. Schnell, W. W. Nichols, and
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The present investigation was deliberately aimed at evaluating the biofilm-forming ability of 63 clinical MRSA isolates recovered
from pharyngitis patients through different phenotypic assays. The molecular detection of adhesion (icaA/icaD/icaB/icaC),
adhesins (fnbA/fnbB, clfA, and cna), staphylococcal accessory regulator (sarA), and 𝛼-toxin (hla) genes was done by employing
polymerase chain reaction (PCR). Out of 63 isolates, 49 (77.8%) were found slime positive by the Congo red agar (CRA) method
and 44 (69.8%) as biofilm positive by the quantitative microtitre plate assays. The results of MATH assay showed that most of the
test pathogens are hydrophilic in nature. The molecular investigation of biofilm-associated genes revealed that 84.13% (𝑛 = 53) of
isolates were found positive for icaADBC genes. The fnbA and fnbB genes were present in 49 (77.8%) and 51 (81%) MRSA isolates,
respectively. In addition, 58.7% (𝑛 = 37), 73% (𝑛 = 46), and 69.8% (𝑛 = 44) of the isolates harboured the clfA, cna, and hla genes,
respectively. Further, nearly 81% (𝑛 = 51) of the isolates were found positive for the gene sarA and all the ica negative isolates were
also negative for the gene. Furthermore, the results of in vivo adherence assay unveiled the factual commonness in the in vitro
adherence method.

1. Introduction

Globally, myriad of bacterial pathogens inhabiting the envi-
ronment cause several acute and chronic infections to human
through their ability to form dynamic, structurally complex,
and multilayered cellular matrix, termed as biofilms [1]. The
synthesis of such biofilms by pathogenic bacteria is therefore
considered to be a major virulence factor, since the recal-
citrant biofilms comprehensively safeguard the pathogens
not only from host defence mechanism but also from the
targeted action of therapeutic drugs [2]. Methicillin-resistant
Staphylococcus aureus (MRSA) continues to be the most
prominent biofilm-forming human pathogen causing both
healthcare-related and community-acquired infections with
a substantial increase in morbidity and mortality. Though S.
aureus can be isolated from various niches of human body,
where it exists harmlessly as a commensal, it can also be an

opportunistic pathogen in causing diverse array of infections
ranging from skin and soft tissue lesions to lethal infec-
tions such as osteomyelitis, endocarditis, pneumonia, and
septicaemia [3].This commensal microflora readily colonizes
the anterior nares and approximately 30% of healthy people
carry this bacterium in their anterior nares [4]. As the nasal
and extranasal colonization find chief prominence in the
pathogenesis of invasive MRSA infections [5], studies on this
pathogen from human throat (a least considered carriage site
than the nares) are of dire need.

Besides, S. aureus is also widely known for its remark-
able ability to infect and damage the indwelling medical
prosthetics and other implants usually catheters through the
fabrication of biofilm architectures [6, 7]. Another impres-
sive characteristic feature of S. aureus in imposing such
adverse clinical complications is its metabolic adaptability
that facilitates the pathogen to colonize and persist in diverse
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environmental conditions. A wide range of virulent factors
including extracellular toxins and surface structures in S.
aureus are influential in the induction and persistence of
infectivity within the host [8]. Although the potentials of
biofilm assemblage of MRSA isolated from various infection
sites of human and even from animals have been well demon-
strated, studies on MRSA isolated from human throat are
still inadequate. Therefore, the current study was proposed
to characterize the biofilm-forming ability among clinical
isolates of MRSA recovered from throat swabs pharyngitis
patients.

The ability to attach, adhere, and synthesize biofilms
has enhanced the virulence in MRSA. The mechanism of
biofilm formation in S. aureus involves three major stages:
initial attachment, maturation of biofilms, and dispersion of
bacterial cells [9]. In S. aureus biofilm formation, the foremost
and fundamental step is initial attachment, that is, adhesion
which is being accomplished by the expression of differ-
ent Microbial Surface Components Recognizing Adhesive
Matrix Molecules (MSCRAMMs). These MSCRAMMs have
high ability to interact with the host extracellular matrix pro-
teins such as elastin binding protein (ebpS), laminin binding
protein (eno), collagen-binding protein (cna), fibronectin-
binding proteins A and B (fnbA and fnbB), fibrinogen
binding protein (fib), and clumping factors A and B (clfA
and clfB) [10]. Earlier studies on the molecular aspects of
growth phase and subsequent establishment of biofilms have
shown that S. aureus initially adhere to each other and then
widen to structurally dynamic and intensely intricate biofilm
architectures during the later phases of adherence. The
biosynthesis of polysaccharide intercellular adhesin (PIA),
a polysaccharide compiled from 𝛽-1, 6- linked N-acetyl-
d-glucosamines (PNAG), is the hallmark element in the
development of actual mature biofilms resulting in notorious
multilayered clustering matrix of cells (second stage). PIA
is mediated by the intercellular adhesin (ica) locus, which
comprises four core genes, namely, icaA, icaD, icaB, and
icaC and a regulatory gene (icaR) [6, 11]. The increase in the
production of N-acetylglucosaminyl transferase and slime
is facilitated by the coexpression of icaA and icaD genes
[12]. While the genes icaB and icaC encode for extracellular
membrane proteins, wherein icaC is whispered to have a
role as receptor for polysaccharides and the function of
icaB gene still remains uncover [13]. The accessory gene
regulator (agr) locus, a well-characterized two-component
regulatory system, plays a critical role in the upregulation and
downregulation of protease and exotoxins, respectively [14],
reflecting the final dispersal stage. In spite of deeper under-
standing on the biofilm-forming ability of S. aureus, it is still
essential to extend the research on recently emerging MRSA
strains (believed to be evolving from several clonal lineages
of methicillin-susceptible S. aureus (MSSA) strains) as an
attempt to address the complexity of their biofilm formation.

As a response to the above facts, the present study
for the first time was focused on assessing the biofilm-
forming properties amongMRSA isolated from throat swabs
of patients associated with pharyngitis through different
phenotypic assays like slime synthesis, in vitro biofilm for-
mation, and microbial adhesion to hydrocarbons (MATH).

Furthermore, polymerase chain reaction (PCR) was per-
formed to detect the adhesion (icaA/icaD/icaB/icaC), several
adhesins (fnbA/fnbB, clfA, and cna), staphylococcal accessory
regulator (sarA), and 𝛼-toxin (hla) genes. Finally, the in vivo
adherence of the phenotypically and genotypically catego-
rized MRSA isolates was assessed using a tropical nematode,
Caenorhabditis elegans, as an animal model.

2. Materials and Methods

2.1. Bacterial Strains and Culture Conditions. A total of 63
MRSA isolates recovered from GAS associated pharyngi-
tis patients were taken for evaluation of phenotypic and
genotypic biofilm characteristics in the current study. The
molecular identification and characterization of the MRSA
isolates have already been done and reported by the same
authors [15]. The MRSA isolates were grown and maintained
on Tryptic soy agar/broth (TSA/TSB).

2.2. Phenotypic Assessment of Slime Synthesizing S. aureus
Strains Using CRA. The qualitative slime production was
assessed on the basis of the colour of S. aureus colonies
developed on Congo red agar (CRA) plate according to
the criteria described previously [16]. Briefly, MRSA clinical
isolates were inoculated onto the CRA medium composed
of TSB (30 g/L), sucrose (36 g/L), agar powder (18 g/L),
and Congo red dye (0.8 g/L) and then cultured for 24 h at
37∘C under aerobic conditions. The reference strains MRSA
ATCC 33591 (slime producer) and Staphylococcus epidermidis
ATCC 12228 (non-slime producer) were used as positive and
negative controls, respectively.

The results regarding slime production were interpreted
as follows: strains producing intensive black, black, and
reddish black colonies with a rough, dry, and crystalline
consistency were considered to be normal slime producers,
whereas red and Bordeaux red with smooth colonies were
classified as nonslime producers as reported elsewhere [17].

2.3. In Vitro Adherence Assay on Polystyrene Microtitre
Plate (MtP). In vitro biofilm formation was spectroscopically
quantified by performing polystyrene microtitre plate (MtP)
assay, as described previously with slight modifications [21].
Briefly, the testMRSA isolates were inoculated in 2mL of TSB
supplementedwith 0.25% glucose and incubated overnight in
shaking incubator (80 rpm, orbital shaker; Scigenics Biotech,
Orbitek LEBT, India) at 37∘C. The overnight culture of
the test pathogens (1%) was then used to inoculate 24-
well polystyrene MtPs containing 1mL of fresh TSB sup-
plemented with 0.25% glucose. The plates were incubated
for 24 h at 37∘C. After incubation, the plates were carefully
washed thrice with sterile phosphate buffered saline (7mM
Na
2
HPO
4
, 3mM NaH

2
PO
4
, and 130mM NaCl at pH 7.4) to

remove nonadherent cells and were air-dried in an inverted
position before being stained. Adherent cells were stained
with 1mL of 0.4% crystal violet solution (w/v) for 2min and
the excess of dye was poured off. The wells were washed with
sterile distilledwater and then allowed to air-dry. Finally 1mL
of absolute ethanolwas added into eachwell before being read
spectroscopically. The optical density of the adherent biofilm
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was determined at OD
570

nm, using a Multimode Microplate
Reader (SpectraMax M3, USA) where the 1mL of absolute
ethanol served as blank.The strain S. epidermidisATCC 12228
was used as the negative control. The adherence ability of
tested isolates was classified into four categories based on the
obtained OD: strongly adherent (OD

570
≥ 3.0), moderately

adherent (OD
570
≤ 1.5–2.0), weakly adherent (OD

570
≤ 0.5–

1.0), and nonadherent (OD
570
< OD

570
of negative control).

2.4. Confocal Laser Scanning Microscopy (CLSM). In order
to visualize the diverse biofilm architecture (on the basis of
biofilm-forming potential through phenotypic and genotypic
assays) of the four categorized test pathogens GSA-140,
GSA-21, GSA-142, and GSA-54, Confocal Laser Scanning
Microscopy (CLSM) (model: LSM710) (Carl Zeiss,Germany)
analysis was employed [22].

CLSM analysis was performed for the biofilms formed
by the pathogens on glass pieces. The analysis was initiated
by dispensing 1% inoculum of overnight cultures grown in
TSB supplemented with 0.25% glucose into 24-well MtP
containing 1mL of fresh TSB + 0.25% glucosemedium. Plates
were statically incubated at 37∘C for 24 h. After incubation,
the glass pieces were gently washed with PBS and strained
with 0.1% acridine orange for 5min at room temperature
in the dark. The stained glass pieces were gently washed
thrice with PBS, air-dried, and observed under CLSM. Zen
2009 image software was used for analysis of biofilm images,
which allowed for collection of z-stacks three-dimensional
(3D) reconstruction. Images were acquired from random
positions of biofilms formed on the glass slides. COMSTAT
software (kind gift from Dr. Claus Sternberg, DTU Systems
Biology, Technical University of Denmark) was used for
further analysis of the obtained CLSM images (biofilm stack),
in which three different parameters such as an average and
maximum thickness (𝜇m) of the biofilms and the biovolume
(𝜇m3), which is the volume of bacteria per 𝜇m2 of glass
surface used, were analysed [22].

2.5. MATH Assay. Cell surface hydrophobicity of the test
pathogens was determined by usingMATH (microbial adhe-
sion to hydrocarbons) assay as an evaluation of their affinity
towards the hydrophobic hydrocarbon (toluene) following
the procedure described previously [23]. Briefly, 1mL of test
bacterial culture (OD

530 nm = 1.0) (Abs1) was placed into glass
tubes along with 100 𝜇L of toluene. The mixtures were vig-
orously vortexed for 2min and incubated for 10min at room
temperature to allow phase separation, and then theOD

530 nm
of the aqueous phase was recorded (Abs2). The percentage
of hydrophobicity was calculated according to the following
formula: % hydrophobicity = [1 − (Abs2/Abs1)] × 100.

2.6. Detection of icaA, icaD, icaB, icaC, fnbA, fnbB, clfA, cna,
and hla Genes. The chromosomal DNA of 63 MRSA isolates
was extracted using the procedure described previously
with minor modification [24] (omission of mutanolysin and
hyaluronidase enzymes). The PCR assay for the detection of
icaA, icaD, icaB, icaC, sarA, fnbA, fnbB, clfA, cna, and hla
genes was performed using the primers (forward and reverse)
and their respective standardized annealing temperatures as

mentioned in Table 1. An aliquot of 2𝜇L of DNA template
(∼10 ng) was added to 23 𝜇L of PCR mixture containing
1 × PCR buffer [10mM Tris–HCl (pH 8.8), 50mMKCl],
0.2mM dNTPs, 1.5mM MgCl

2
, 50 pM primer, and 1U Taq

polymerase (MBI Fermentas, Germany). Amplified PCR
products were analyzed by agarose gel stained with ethidium
bromide (0.5𝜇g 𝜇L−1) and visualized under ultraviolet tran-
sillumination and documented using Gel Doc XR apparatus
(Biorad, USA).

2.7. InVivoAdherenceAssayUsingC. elegans. Abatch of three
representative isolates was selected from each of the four
categories (classified on the basis of phenotypic and geno-
typic characterization) for their in vivo adherence potential
inC. elegans.The adherence assay was qualitatively examined
by using CLSM as described earlier with slight modifications
[25]. Briefly, twenty age-synchronized young adult hermaph-
rodite nematodeswere transferred froma lawnofE. coliOP50
to the M9 buffer containing characterized MRSA isolates
present in a sterile 24-well culture plate [20% inoculum (0.1
O.D of cells in 660 nm), i.e., 9 × 106 cellsm/L of LB medium]
and incubated for 24 h at 20∘C. After incubation, the nema-
todes were thoroughly washed and anesthetised by using
0.1mM sodium azide to avoid expulsion of bacteria from
nematodes intestine. Finally, the nematodes were stained
with 0.1% acridine orange and visualized under CLSM.

2.8. Colony Forming Unit (CFU) Assay. To further ascertain
the CLSM results and to quantify the adherence inside the C.
elegans, a CFU assay was performed as described previously
[25]. Briefly, a batch of ten nematodes were infectedwith each
group of MRSA isolates (𝑛 = 3) for 24 h and washed thrice
with M9 buffer to remove the surface bacteria. The washed
nematodes were then transferred to the 1.5mL microcen-
trifuge tube and the final volume was made up to 400 𝜇L
with M9 buffer. Finally, 400mg of silicon carbide particles
(1.0mm; Himedia, India) was added to each tube and
vortexed at the maximum speed for 2min.The resulting sus-
pension was serially diluted and plated on Hicrome Aureus
agar (Himedia, India) to determine the CFU.

3. Results

3.1. Phenotypic Characterization of S. aureus Slime Production
on Congo Red Agar (CRA). The phenotypic determination
of slime producing ability in Congo red agar of all the test
isolates is shown in Table 2. As it is perceptibly evident from
Figures 1 and 2 and Table 2, the different isolates of MRSA
were unwaveringly found to be slime producers to vary-
ing degrees. Out of 63 MRSA isolates, 18 (28.6%), 23 (36.5%),
8 (12.7%), and 14 (22.2%) were determined to be strong
black, black, reddish black, and Bordeaux red colour colony
producers, respectively. The reference strains MRSA ATCC
33591 (positive control) and S. epidermidis ATCC 12228
(negative control) produced typical black and pink colonies,
respectively, after 48 h incubation (Figure 1).

3.2. MATH Assay. The affinity of MRSA isolates towards
toluene (nonpolar solvent) was unveiled by MATH assay and
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Figure 1: Colony morphologies of reference Staphylococcus aureus strains MRSA ATCC 33591 (positive control) and S. epidermidis ATCC
12228 (negative control) revealing strong black (upper sector) and pink (lower sector) coloured colonies on Congo red agar medium,
respectively.

a

d

b

c

Figure 2: Congo red agar test showing four different slime producing patterns of clinical MRSA isolates: (a) slime positive bacteria with dark
shiny black colonies (upper sector); (b) black colonies (bottom sector); (c) weak black colonies (right sector); and (d) slime negative bacteria
showing pink coloured colonies (left sector).

the results are summarized in Table 2. From the obtained
results, it was found that the majority of the tested MRSA
isolates (87.3%) exhibited a hydrophilic character, whereas
eight MRSA isolates (12.7%) displayed a relative hydrophobic
character.

3.3. In Vitro Adherence Assay on Polystyrene Microtitre Plate
(MtP). The quantitative MtP method is the most extensively
used gold standard technique for the detection of biofilm
formation [26]. Table 2 and Figure 3(a) clearly show that
all the MRSA isolates tested were found to be adherent
at varying levels on 24-well polystyrene MtPs. Among 63
isolates studied, 21 (33.3%) isolates were highly adherent with
OD
570

values of >3, 5 isolates (7.9%) were strongly adherent
withOD

570
values of>2.0, 19 isolates (30.1%)weremoderately

adherent with OD
570

values of >1–2.0, and 18 (28.6%) isolates
were weakly adherent with OD

570
values of <0.5–1. The

MRSA ATCC 33591 strain was found to be strongly adherent
with an OD

570
value >2.0, while the S. epidermidis ATCC

12228 strain was negatively adherent (OD
570
< 0.5).

3.4. Distribution of Adhesion and Biofilm Loci. As the prime
intention of the present study is the genotypic characteriza-
tion of biofilm responsible genes, PCR assay was employed to
detect icaA, icaD, icaB, icaC, fnbA, fnbB, clfA, cna, hla, and
sarA genes among test MRSA strains. The distributions of
these genes in 63 MRSA isolates are summarized in Table 2.
As can be seen in Table 2, the majority of MRSA isolates
[84.13% (𝑛 = 53)] were found to be positive for icaADBC
genes. The prevalence of sarA, fnbA, fnbB, clfA, cna, and hla
genes was unswervingly found to be 81, 84.1, 81, 58.7, 90.5,
and 70%, respectively (Figure 4). Using the obtained bio-
film responsible gene patterns of 63 MRSA isolates, a den-
drogram was generated resulting in 5 clusters, namely, A, B,
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Figure 3: Total biofilm formation of different clinical MRSA isolates. (a) The bacterial cells were grown in 24-well Mtps containing TSB
supplemented with 0.25% glucose. The cells that adhered to the plate surface after washing with phosphate buffer were visualized by crystal
violet staining. The isolates were considered as highly adherent (a1), strongly adherent (a2), moderately adherent (a3), and nonadherent
(a4) based upon their absorbance at 570 nm as measured by spectrophotometer. (b) Confocal laser scanning micrographs revealing variable
degrees of biofilm production by clinical MRSA isolates on glass surface: (b1) highly adherent; (b2) strongly adherent; (b3) moderately
adherent; and (b4) nonadherent isolates. (c) COMSTAT analysis of the obtained CLSM images.
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Figure 4: PCR amplification for the detection of genes responsible for biofilm formation in clinical MRSA isolates. Lane 1, 100 bp ladder
(MBI Fermentas); lane 1–10, PCR amplicons of icaA, icaD, icaB, icaC, fnbA, fnbB, clfA, cna, hla, and sarA genes amplified from the clinical
MRSA isolate GSA-32.
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Figure 5: Dendrogram based on the amplification pattern of biofilm responsible genes, demonstrating the genotypic relatedness among the
63 MRSA isolates recovered from GAS pharyngitis patients. Scale represents the distance coefficient.

B1, C, and C1 (Figure 5). The data revealed that most of the
strongly andmoderately adherent isolateswere under clusters
B and B1 and around 95% of highly adherent isolates were
harboured in cluster A, whereas clusters C and C1 showed the
predominance of weak and fewmoderately adherent isolates.

3.5. In Vivo Adherence and Colonization of MRSA Isolates
in C. elegans. In order to study the bioadherence property
of four phenotypically and genotypically categorized MRSA
isolates (highly, strongly, moderately, and weakly adherent
isolates), an in vivo assay was performed using C. elegans.
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For examining the adherence potential of the MRSA isolates,
the pathogen-exposed nematodes were examined by CLSM
using Zen software. The fluorescence intensity found in the
nematodes indicated the density of bacterial load inside the
C. elegans. As anticipated, the highly and strongly adher-
ent groups showed more intense fluorescence compared to
the moderately and weakly adherent groups which showed
moderate and very low fluorescence intensities, respectively
(Figure 6). Furthermore, the level of CFU in pathogen-
exposed nematodeswas increased (152±17.8 × 104) in highly
adherent groups (𝑃 ≤ 0.05), modest (32 ± 4.6 × 104) in
strongly adherent groups (𝑃 ≤ 0.05), and decreased in mod-
erately (28 ± 2.6 × 102) and weakly adherent (21 ± 3 × 102)
groups, respectively (Figure 7).

4. Discussion

Beyond being a commensal microflora, S. aureus primar-
ily colonizes the anterior nares of human population. In
addition, 30% (approximately) of healthy individuals are
recognized as the carriers of this bacterium [4].Though a few
reports from the past have depicted that the human throat
is less well studied site of carriage than the nares, apart from
some isolations accounted, the scientific data obtained during
1940s have reported the throat colonization rate to be 4–63%
[27]. Further persistent surveillance studies have reconfirmed
the observation that MRSA in throat may be selectively
colonized and escape from routine screening process in the
infection control programs [28, 29]. Despite the fact that
S. aureus was incredibly recurrent in causing varied range
of human infections (aforementioned), the role of S. aureus
in causing pharyngitis infection is also becoming noticeable
but found less often when compared to the GAS pharyngitis
infections [15, 30].

Though plethora of research findings have broadened our
knowledge on the biofilm attributes of S. aureus, particularly
MRSA emerging from various infection sites of human, it
was necessarily important to widen our studies on the biofilm
characterization of MRSA strains from new sites of infection
as well. In our previous study, we demonstrated the possible
role of MRSA on its own or in association with GAS in
pharyngitis infection [15]. We extend the present study by
performing the in vitro and in vivo biofilm characterization
of the MRSA strains (𝑛 = 63), owing to the fact that the bio-
film formation and adhesive ability are the prime virulence
traits in S. aureus. The current study is the first of its kind
to evaluate the biofilm-forming abilities among MRSA iso-
lates recovered from new infection site, that is, throats
of pharyngitis patients, which possibly would contribute
towards the understanding of infection process. Researchers
from the past have demonstrated the significance of MtP,
CRA, and/or PCR techniques for the determination of critical
virulence factors, particularly the ability of biofilm formation
in Staphylococcus species [16, 31, 32].

Following the same paradigm, we also assessed 63 MRSA
strains for their biofilm-forming capabilities employing three
in vitro screening procedures (the MtP method, the CRA
test, and the PCR technique). It has been well known that S.
aureus can adhere and build biofilms on themedical implants

and/or indwelling medical devices that can be attributed to a
characteristic feature known as slime production [33]. This
study utilized Congo red agar assay to determine the effi-
ciency of test pathogens for their slime production, consid-
ering their high virulence and extreme potency in imposing
severe postsurgical infections. Out of 63MRSA strains tested,
49 (77.8%) were found to exhibit a positive phenotype for
slime production by developing strong black or reddish black
colonies on CRA plates. This result is in consonance with the
previous reports by Kouidhi et al. [17], Arciola et al. [34],
and Ammendolia et al. [35], wherein 50, 60.8, and 88.9%
of S. aureus were found to be positive for slime production,
respectively.

Cell surface hydrophobicity (CSH) plays a crucial role
in the adherence of staphylococci to the host cells [17, 21].
Several reports from the recent past have reiterated this fact
by observing that while therewas a decrease in biofilm forma-
tion of S. aureus, similarly therewas also a significant decrease
in its cell surface charges like hydrophobicity during the
treatment of any antibiofilm or sub-MICs of antibiotic agents
[17, 22]. Here, we have determined the hydrophobic index of
63 MRSA isolates by performing MATH assay using toluene.
The results summarized in Table 2 indicate that the surface
affinity of S. aureus towards toluene was low signifying the
hydrophilic nature of 87.3% (𝑛 = 54) of MRSA isolates sub-
jected for this study. However, 12.7% (𝑛 = 8) of the isolates
showed hydrophobicity and have also exhibited a strong
biofilm formation on polystyreneMtPs, suggesting the possi-
ble interaction between the hydrophobic cells and substrate.
The result of this assay is in agreement with the previous
reports by Kouidhi et al. [17] and Hamadi et al. [36] portray-
ing the hydrophilic nature of S. aureus surface.

Regardless of the actuality that several methods have
been described so far to evaluate the accumulation and
biofilm formation, MtP-based method was highly employed
in most of the studies [37, 38]. The data of quantitative
biofilm formation assay using MtPs showed 21 isolates as
highly adherent (OD

570
> 3), 5 isolates as strongly adherent

(OD
570
> 2.0 but <3), 19 isolates as low grade adherent

(OD
570
> 2), and remaining 18 as nonadherent (OD

570
< 1).

The result of this assay was validated by the confocal scan-
ning micrographs (Figure 3(b)) followed by the COMSTAT
analysis (Figure 3(c)) of the acquired images for single repre-
sentative isolate from each of the four categories.

Further, the involvement of biofilms in clinical infections
has received increasing interest due to the characterization of
genes involved in biofilm formation [13].Multitude of reports
has demonstrated the significance of surface components in
the biofilm formation of S. aureus such as the product of
icaADBC operon, which encodes proteins for the synthesis
of polysaccharide, poly-N-acetyl 𝛽-1-6-glucosamine (PNAG)
[6, 39]. In addition, few extracellular proteins as well as cell-
bound adhesins (also called MSCRAMMs) are considered
essential for the pathogenicity of S. aureus. Consequently,
the MRSA isolates were subjected to genotypic detection of
icaA, icaD, icaB, and icaC genes and certain adhesin genes
like clfA, cna, fnbA, and fnbB through PCR. The data of
PCR analysis revealed that, except the 10 MRSA isolates, the
remaining 53 MRSA isolates (84.13%) were found to harbour
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Figure 6: In vivo adherence and colonization of C. elegans infected with MRSA clinical isolates. Qualitative analysis of colonization in C.
elegans infected with S. aureus clinical isolates using Confocal Laser Scanning Microscopy.

icaADBC genes. Our results were in total agreement with
the recent studies stipulating that the percentage of S. aureus
exhibiting icaADBC genotype was 100 [13]. Our findings were
collinear with the observations by Atshan et al. [13] and

Arciola et al. [12] as there was no difference in the prevalence
of icaADBC genes in S. aureus with high and low virulence;
however the only variation is found to be in the phenotypic
characterization.
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Figure 7: Presence of MRSA inside the C. elegans. Quantitative analysis of bacterial load inside the C. elegans exposed with MRSA clinical
isolates.

Conversely, adhesion to host cells requires genes like
fnb (A and B), clfA, and cna that encode MSCRAMMs
unlike the other factors involved in the adhesion to abiotic
surfaces. Fibronectin-binding proteins (FnbA and FnbB)
are large adhesins that may also function as invasins to
modulate the adhesion and internalization of the organisms
by different host cells. In addition, it has also been reported
that fibronectin-binding facilitates the primary adherence
and intercellular accumulation in biofilm assemblies [40]. In
the present study, the distribution of fnbA and fnbB genes
has been observed as 77.8% (𝑛 = 49) and 81% (𝑛 = 51),
respectively, and around 73% (𝑛 = 46) of the MRSA isolates
harboured both fnbA and fnbB genes (Table 2). A clinical
study by Heilmann in 2011 [41] suggested that S. aureus
strains associated with invasive disease were more likely to
encode both fnbA and fnbB genes. Clumping factor (Clf) A
and ClfB encoded by the genes clfA and clfB are the most
important proteins for the binding of S. aureus to fibrinogen
and fibrin; hence a mutant allele of clfA gene failed to clump
and thus poorly adheres. In the present study, the clfA gene
was present in 37 (58.7%) isolates, whichwas on a parwith the
previous report by Kohn et al. [42] suggesting that 89% of the
test isolates are clfA positive. As aforementioned, collagen-
binding proteins play an important role in the adhesion
and pathogenesis of S. aureus [43]. In the current study,
the presence of cna gene was found in 46 (73%) isolates,
which was in agreement with other studies that reported the
prevalence of cna gene as 46% [1] and 52% [44] in the isolates
chosen for their study. However this is highly contrary with
a report by Monecke et al. [45] suggesting that cna (colla-
gen adhesin) was detected only in some clonal complexes.
Staphylococcal alpha-hemolysin is one of the pore-forming
toxins encoded by the gene hla which plays a major role in
the biofilm formation and appears to be primarily required
for cell-to-cell interactions. Therefore, a mutant allele of hla
can initially aid in colonizing a substratum; however, it could
not organize intomulticellularmacrocolonies.ThePCR assay
for the detection of hla gene revealed that 69.8% of (𝑛 = 44)
MRSA strains were positive.

During the process of pathogenesis the chronological
expression of several virulence determinants in S. aureus has

been shown to be under the control of certain genetic loci,
namely, agr (accessory gene regulator) and sarA (staphy-
lococcal accessory regulator) [45]. In the midst, sarA is a
chief global regulator that is essential for biofilm formation
of MRSA and MSSA in both in vitro and in vivo conditions
[46]. Since there has been a mounting evidence to suggest
sarA as the positive regulator of PNAG-dependent biofilm
formation in S. aureus [47, 48], in the present study the
prevalence of sarA gene in MRSA isolates was assayed using
PCR.The results revealed that the MRSA isolates harbouring
the icaADBC genes were also positive for sarA gene, whereas
the isolates with icaADBC negative genotypes were found
negative for sarA, which is in corroboration with the findings
from previous studies [47, 48].The presence of sarA in 90.5%
of MRSA strains from pharyngitis patients evidently implies
the biofilm-associated pathogenic potential.

Furthermore, bearing in mind that in vivo adherence
assay would be a better approach to comparatively assess the
adhering ability of MRSA isolates with that of the pheno-
typic assays, three representative isolates from each of the
four categories including highly, strongly, moderately, and
weakly adherent groups were selected on the basis of their
phenotypic and genotypic characteristics. The colonization
by MRSA clinical isolates in C. elegans was localized using
CLSM. The adherence of the pathogen in the host cell may
possibly lead to the colonization of the pathogen in the host.
As expected, the nematodes infected with highly adherent
group showed an extensive intestinal colonization (Figure 6).
On the other hand, the strongly adherent group exhibited
more intense florescence compared to that of moderately
and weakly adherent groups, which displayed very minimal
fluorescence intensity. This was further authenticated with
the results of CFU assay and therefore it is highly pertinent
to state that the outcome of in vivo adherence assay clearly
portrayed the factual frequency in the results obtained from
in vitro adherence methods.

5. Conclusion

Thedata of the current study demonstrated the presence of ica
genes, several adhesin genes, and the consequent phenotypic
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ability to form biofilm by most MRSA isolates. This biofilm-
forming potential of MRSA isolates recovered from patients
infected with pharyngitis in succession may facilitate and/or
aggravate the infection, as such recalcitrant biofilms are 1000-
fold more resistant to antibiotics and immune defence which
may subsequently alleviate the pathogen to become mul-
tidrug resistant or may cause let-down in antibiotic therapy.
In addition, the in vivo result suggests its good correlation
with the findings of quantitative MtP method. Collectively,
the outcome of the present study delineates, for the first time,
the phenotypic (both in vivo and in vitro) as well as genotypic
biofilm characterization of MRSA isolates recovered from
GAS associated pharyngitis, which in turn ameliorates our
perception and understanding of the pathogenesis and also
its possible impact of causing throat infections.

Competing Interests

All authors declare that they have no competing finan-
cial/commercial interests.

Acknowledgments

The authors thankfully acknowledge the Department of
Biotechnology, Government of India, for providing Bioinfor-
matics Infrastructure Facility (Grant no. BT/BI/25/012/2012
(BIF)). The instrumentation facility provided by Department
of Science and Technology, Government of India, through
PURSE [Grant no. SR/S9Z- 415 23/2010/42(G)] and FIST
(Grant no. SR-FST/LSI-087/2008) and University Grants
Commission, New Delhi, through SAP-DRS1 [Grant no. F.3-
28/2011(SAP-II)] is gratefully acknowledged.The authors also
acknowledge Dr. Claus Sternberg, DTU Systems Biology,
Technical University of Denmark, for providing the COM-
STAT software.

References

[1] S. Tsuneda, H. Aikawa, H. Hayashi, A. Yuasa, and A. Hirata,
“Extracellular polymeric substances responsible for bacterial
adhesion onto solid surface,” FEMS Microbiology Letters, vol.
223, no. 2, pp. 287–292, 2003.

[2] B. D. Hoyle and J. W. Costerton, “Bacterial resistance to
antibiotics: the role of biofilms,” Progress in Drug Research, vol.
37, pp. 91–105, 1991.

[3] F. D. Lowy, “Staphylococcus aureus infections,”TheNewEngland
Journal of Medicine, vol. 339, no. 8, pp. 520–532, 1998.

[4] J. A. Kluytmans and H. F. Wertheim, “Nasal carriage of Staphy-
lococcus aureus and prevention of nosocomial infections,” Infec-
tion, vol. 33, no. 1, pp. 3–8, 2005.

[5] J. Kluytmans, A. Van Belkum, andH. Verbrugh, “Nasal carriage
of Staphylococcus aureus: epidemiology, underlying mecha-
nisms, and associated risks,” Clinical Microbiology Reviews, vol.
10, no. 3, pp. 505–520, 1997.

[6] S. E. Cramton, C. Gerke, N. F. Schnell, W. W. Nichols, and F.
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The aim of the study was to evaluate the activity of high-polyphenolic black currant (Ribes nigrum L.) and bilberry (Vaccinium
myrtillus L.) juices against bacterial strains Asaia lannensis and Asaia bogorensis isolated as spoilage of commercial soft drinks.
The composition of fruit juices was evaluated using chromatographic techniques HPLC and LC-MS. The adhesion to glass,
polystyrene, and polyethylene terephthalate in two different culture media was evaluated by luminometry and the plate count
method. The major anthocyanins in the V. myrtillus were petunidin-3-glucoside, malvidin-3-glucoside, cyanidin-3-glucoside,
and delphinidin-3-glucoside, while in R. nigrum delphinidin-3-rutinoside and cyanidin-3-rutinoside were detected. The LC-
MS analysis showed presence of anthocyanins (delphinidin, cyanidin, petunidin, and malvidin derivatives), phenolic acids
(chlorogenic and neochlorogenic acids), flavonols (quercetin-3-glucoside, quercetin-3-rutinoside), and flavanols (procyanidin B2
and procyanidin type A2). Additionally, in the bilberry juice A type procyanidin trimer was detected. The adhesion of Asaia spp.
cells depended on the type ofmedium, carbon sources, and the type of abiotic surfaces.We noted that the adhesionwas significantly
stronger inminimalmedium containing sucrose.The addition of bilberry and black currant juices notably reduced bacterial growth
as well as cell adhesion to polyethylene terephthalate surfaces.

1. Introduction

Nowadays, consumers are increasingly interested in their
health and expect the foods, besides possessing the sensory
attractiveness, to have health-promoting effects. Numerous
studies indicate that a diet rich in berries and their preserves
positively affects human health. Regular consumption of
fruits may delay ageing processes and reduce the risk of vari-
ous illnesses, such as cancer, cardiovascular and lung diseases,
rheumatoid arthritis, Alzheimer’s dementia, or Parkinsonism
[1–3]. Fruit berries were identified as sources of phenolic
compounds like gallic and ellagic acid with potential cancer
chemopreventive activity. The different bioactive phenolic
compounds, including flavonoids (flavonols and flavanols),
tannins (proanthocyanidins, ellagitannins, and gallotannins),
stilbenoids, and phenolic acids, have received considerable
interest in bearing possible relations to human health [1].
Besides health-promoting properties, polyphenols may also
act as antimicrobials and antiadhesive agents in wide range
of pathogens [4]. It was documented that berry extracts or

juices showed strong activity against Gram negative bacteria
[5, 6]. In the past decade, cranberry extracts were attracting
ever-growing attention of microbiologists. It was noted that
cranberry polyphenol fraction inhibits growth and adhesion
of urinary tract pathogens (Escherichia coli, Proteus vulgaris),
Helicobacter pylori, and bacterial etiological factors of oral
diseases (Streptococcus spp., Propionibacterium spp., and
Fusobacterium spp.) [7–12].

Lately, numerous reports detailed various spoilagemicro-
organisms in soft drinks, for example, acetic acid bacteria
belonging to the genus Asaia [13–15]. The growth of these
microorganisms causes significant changes in both microbi-
ological and organoleptic qualities.Asaia spp. cells are able to
grow in soft drinks supplemented with different preservatives
(benzoate, sorbate, and dimethyl dicarbonate) [15]. What is
more, these bacteria show strong adhesive abilities on food-
contact technical materials. The biofilm formed by Asaia
species on solid surfaces of a production line can be a source
of secondary contamination of final products [16].
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The initial, key step leading to biofilm formation is bac-
terial adhesion to the surface. This is the complex process,
influenced by various physical and chemical properties of
microbial cells, media, and abiotic surfaces. Among these
factors, modification of media could be changed in order to
prevent biofouling in soft drinks technology. New antimicro-
bial strategy is the use of berry juices to inhibit or reduce
bacterial adhesion. The application of native and low-priced
fruits with additional potential as health-promoting agents is
especially interesting. Therefore, the aim of our study was to
investigate antibacterial and antiadhesion activities of juices
from bilberries and black currants against Asaia spp. cells.

2. Materials and Methods

2.1. Plant Material. The black currant (R. nigrum L.) and
bilberry (V. myrtillus L.) fruits were freshly harvested from
the local orchard and forests around Lodz (central Poland).
The fruits were washed with sterile water, lightly air-dried,
and frozen at −20∘C for one month. The fresh juice was
squeezed out from defrosted fruits using extractor MES3000
(Bosch, Poland). Cloudy juice was clarified using Whatman
qualitative paper-filter and then by 0.45𝜇m filtration (Filter-
Bio). Immediately after preparation, the clear juice was added
to the culture media to the final concentration of 10% (v/v).

2.2. Bacterial Strains and Culture Media. The study used
the six bacterial strains: Asaia bogorensis ISD1 (GenBank
KP234014), A. bogorensis ISD2 (GenBank KP234015), A.
bogorensis FFMW (GenBank KC756841), A. lannensis
IFMW (GenBank KP234011), A. lannensis IFCW (GenBank
KP234012), and A. lannensis FMW1 (GenBank HQ917850)
isolated from spoiled flavored mineral water and isotonic
drinks. These strains were identified using morphological,
physiological, and genetic methods described by Kregiel and
coworkers [13, 17]. The obtained nucleotide sequences of 16S
rRNA were deposited in GenBank (National Centre of Bio-
technology Information) and the bacterial strains were
deposited in the Pure Culture Collection of Industrial
Microorganisms LOCK 105 at the Institute of Fermentation
Technology and Microbiology, Technical University of Lodz
(Poland).

The adhesion was investigated in liquid culture media:
the rich GC medium (M

1
) (0.3% (w/v) peptone, 0.3% (w/v)

yeast extract) and the minimal medium (M
2
) (0.3%

(NH
4
)
2
PO
4
(w/v), 0.3% KH

2
PO
4
(w/v), 0.3% MgSO

4
×

7H
2
O (w/v), and 0.05% (w/v) yeast extract). In both media,

carbohydrates, glucose, fructose, and sucrose (2% w/v), were
used as a carbon source. The sterile media (20 cm3) were
poured aseptically into 25 cm3 Erlenmeyer flasks covered
with a textile cloth in order to ensure aerobic conditions.
Sterile carriers were placed vertically in a liquid culture
medium in such a way that half of the carrier was immersed
in the medium, and the other part was above the liquid.

2.3. Carriers. The bacterial adhesion was carried out to the
polystyrene (PS) (Coveris Rigid Poland, Skierniewice) and
polyethylene terephthalate (PET) (Coveris Rigid Poland,

Skierniewice) slides measuring 76 × 26mm. These materials
are certified by Polish National Institute of Public Health and
approved for contact with food. The white glass slides (G)
(Knittel Glass, Germany) were used as the reference material.
Carriers were sterilized in two-step process. First, the carriers
were kept in the 70% ethanol solution for 3 hours. Subse-
quently, they were placed in a laminar chamber and subjected
to UV irradiation for 2 hours.

2.4. Adhesion Analysis. Studies on the Asaia spp. attachment
and biofilm formationwere carried out in two stages.The first
stage involved the selection of a culture medium, a carbon
source, and an abiotic material where bacteria demonstrated
the strongest adhesion abilities. In the second stage, we
checked the effect of fruit juices on the growth and adhesion
abilities of Asaia spp. For this purpose, the culture medium
containing selected carbon source, with proper carrier, was
supplemented with 10% (v/v) of black currant or bilberry
juice.

At the beginning of the experiments culture media were
inoculated with standardized bacterial suspensions, to obtain
cell concentration 105÷106 CFU/cm3.The adhesion ability of
the bacterial strains was evaluated according to the method
described by Kregiel (2013) [16]. For luminometric tests,
the carriers were removed from the culture media, washed
with sterile distilled water, and swabbed with pens for ATP
sampling (Merck). Measurements were made in relative light
units (RLU) using a HY-LiTE� 2 luminometer (Merck). The
plate count method was used in order to determine the num-
ber of cells attached to the carrier and planktonic cells in the
culture medium.The carrier plate was removed from the cul-
ture medium, rinsed with sterile distilled water, and swabbed
using sterile swabs for surface testing. The bacterial suspen-
sions were vortexed with 0.1% (v/v) Tween 80 and transferred
onto GC agar medium supplemented with 0.7% CaCO

3

(w/v), and after incubation at 25∘C for 92 h the colonies were
counted. The number of colony forming units (CFU) per
cm3 (of liquid media) or per cm2 (of carriers) was calculated.
On the basis of the results, the relative adhesion coefficient
𝐴 (%)was calculated using formula𝐴 (%) = (𝑁

𝑎
/𝑁

𝑝
)×100%,

where𝑁
𝑎
is the number of attached cells to a carrier and𝑁

𝑝

is the number of planktonic cells in the culture medium.

2.5. Chemical Constituent’s Analysis. The organic acids and
carbohydrates profiles of the tested fruit juices were deter-
mined using high performance liquid chromatography
(HPLC), according to the method described by Gutarowska
and Czyżowska (2009) [18]. In addition, the polypheno-
lic compounds were also characterized using HPLC-DAD
method with a diode array detector (Finnigan Surveyor-PDA
Plus detector) and a ChromQuest 5.0 chromatography soft-
ware (Thermo Fisher Scientific Inc., Waltham, MA, USA) as
well as using liquid chromatographymass spectrometry (LC-
MS; LTQ Velos MS, Thermo Fisher Scientific) following the
method described by Antolak et al. (2015) [19].

2.6. Statistics. Means were calculated from the data obtained
from three independent experiments, and the standard
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Figure 1: The relative adhesion coefficient 𝐴 (%) for A. bogorensis (ISD1, ISD2, and FFMW) and A. lannensis (IFMW, IFCW, and FMW1)
strains in M

1

medium with glucose (a), fructose (b), and sucrose (c) to PET (black bars), PS (grey bars), and G (white bars).

deviations (SD)were calculated.Themean values of the adhe-
sion results were compared using one-way repeatedmeasures
analysis of variance with Tukey test (ANOVA; OriginPro 8.1,
OriginLab Corp., Northampton, MA). Statistical significance
was set at the conventional level of 5% (𝑝 < 0.05).

3. Results and Discussion

3.1. Bacterial Adhesion. To determine the level of bacterial
adhesion, two main analytical methods, namely, plate count
and luminometry, were used. The evaluation of Asaia spp.
adhesion to glass, polystyrene, and polyethylene terephtha-
late surfaces was carried out in rich M

1
and minimal M

2

medium. The influence of the carbon source for bacterial
adhesion was tested in culture media supplemented with
glucose, fructose, or sucrose as an only carbon source. The
results of adhesion studies, expressed as relative adhesion
coefficient 𝐴 (%) for medium M

1
and medium M

2
, are pre-

sented in Figures 1 and 2, respectively. The biofilm formation
of Asaia strains significantly increased in culture media sup-
plemented with sucrose (𝑝 < 0.05) in comparison to media
containing glucose or fructose. It was noted that the minimal

M
2
medium was a more favorable environment for the Asaia

spp. adhesion and biofilm formation compared to the rich
M
1
medium. The results for adhesion in M

2
medium, with

reference to those obtained for the adhesion in M
1
medium,

were significantly higher (𝑝 < 0.05). The average value of
𝐴 (%) for cells adhesion in M

2
medium with sucrose was

1.72 ± 0.26%, while for the same medium but with fructose
and glucose the results were slight lower and equaled 1.10 ±
0.23% (𝑝 = 0.00001) and 0.80 ± 0.19% (𝑝 = 0.00004), resp-
ectively.The highest value of𝐴 (%)was noted forA. lannensis
IFCW strain on PET surface, which was 4.54±0.37%. Figures
3 and 4 present the luminometry results (RLU/cm2) obtained
for bacterial adhesion in M

1
and M

2
media, respectively. The

obtained results confirmed that the more favorable environ-
ment for biofilm formation is the minimal medium M

2
with

sucrose. Average value of the RLU for rich M
1
medium with

sucrose (1784 ± 257RLU/cm2) was statistically lower (𝑝 =
0.001) in comparison to minimal mediumM

2
with the same

carbohydrate (3923 ± 447RLU/cm2).
Additionally, to assess the differences between the adhe-

sion abilities of all bacterial strains to all tested carriers in all
culture media containing different carbon sources, the mean
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Figure 2: The relative adhesion coefficient 𝐴 (%) for A. bogorensis (ISD1, ISD2, and FFMW) and A. lannensis (IFMW, IFCW, and FMW1)
strains in M

2

medium with glucose (a), fructose (b), and sucrose (c) to PET (black bars), PS (grey bars), and G (white bars).

values and standard deviations calculated from obtained
results of𝐴 (%) (Table 1) and the RLU/cm2 (Table 2) were cal-
culated. It was noted that the adhesion and biofilm formation
processes were strain-dependent.A. lannensis strains showed
slightly stronger adhesion in culture media containing suc-
rose.Themean𝐴 (%) values forA. lannensis strains adhesion
to PET surface in culture media with sucrose were 1.23 ±
0.61% (M

1
) and 3.24±1.05% (M

2
) while for theA. bogorensis

strains 1.12 ± 0.36% (𝑝 = 0.05) and 2.36 ± 0.74% (𝑝 = 0.02)
were noted, respectively.

A. lannensis and A. bogorensis were characterized by
stronger adhesion properties to plastic materials in compar-
ison to the glass surface. The average values of the relative
adhesion coefficient obtained for the carriers in minimal
mediumM

2
with sucrose were 0.45±0.05% (G), 1.90±0.23%

(PS), and 2.80 ± 0.21% (PET), while for rich M
1
medium

1.18 ± 0.71%, 1.82 ± 1.01%, and 1.17 ± 0.23% were noted,
respectively. Performed ANOVA test showed that the results
are statistically different. Obtained𝑝 values, in comparison to
glass, for theM

1
mediumwere 0.02 (PS) and 0.01 (PET), while

the results for M
2
medium were less than 0.01 for both PS

and PET. The results of RLU measurement also showed that

slightly better surface for biofilm formation in M
2
medium

with sucrose is PET.
The similar results for Asaia spp. adhesion were obtained

by Kregiel (2013) and Kregiel et al. (2014), where, after incu-
bation, the adhesion to plastic materials was several times
higher in comparison to the glass surface [16, 17].

Of course, there are different techniques that can be used
in the analysis of the microbial adhesion to abiotic surfaces,
but neither method is perfect. The plate count technique
in particular allows determining culturable microorganisms,
while luminometric methods enable estimating total biologi-
cal material on the abiotic surfaces.This approach is based on
bacterial ATP quantification and can be used to evaluate not
only the total number of adhering cells, but all biomass: bac-
teria that are able and unable to grow, extracellular polymeric
substances, or adhered organic material from culture media.
Thus, comparing the results of the relative coefficient 𝐴 (%)
and RLU/cm2, the values obtained by these two methods
showed differences.

The type of material, its roughness, and hydrophobicity
significantly affect bacterial attachment and biofilm devel-
opment. The plastic materials used in our study were char-
acterized by low surface energy (PET 44mN/m at 20∘C, PS
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Figure 3: The adhesion (RLU/cm2) of A. bogorensis (ISD1, ISD2, and FFMW) and A. lannensis (IFMW, IFCW, and FMW1) strains in M
1

medium with glucose (a), fructose (b), and sucrose (c) to PET (black bars), PS (grey bars), and G (white bars).

40mN/m at 20∘C) in comparison to hydrophilic glass surface
(70mN/m at 20∘C) [17, 20]. What is more, studies confirmed
that bacterial adhesion is influenced bymany physiochemical
properties of the environment, the availability and type of
carbon source, and type of surface and microorganism abil-
ities [21]. These parameters also determine the cell adhesion
in industrial conditions. For example, Møretrø and Langsrud
(2004) reported that food-processing environmental factors,
including sugars and nutrients, had significant impacts on
Listeria monocytogenes adhesion and biofilm formation [22].
Therefore, for the next stage of research, involving effect of
berries juices on the growth and adhesion of Asaia spp.,
we choose rich M

1
medium with glucose and minimal M

2

medium with sucrose, respectively.

3.2. Chromatographic Analysis of Juices. The carbohydrate
profiles of the fruit extracts indicated that the main sug-
ars were glucose and fructose. In the bilberry juice, fruc-
tose concentration was 1.94 g/100mL, while glucose equaled
0.76 g/100mL. Respectively, for the black currant juice, the
values were 0.60 g/100mL and 0.54 g/100mL. According to

the literature, in the majority of native fruit juices, the
content of saccharides is limited only to glucose, fructose, and
sucrose. The variability of determined saccharide contents in
fruit juices from berries stemmed from differences in variety,
stage of ripeness, and climatic conditions [23].

The polyphenolic profiles in fruit juices were determined
using HPLC method and the results are presented in Figures
5 and 6. We noted good separation of thirteen anthocyanins
in the bilberry juice while for the black currant juice we
detected six defined compounds. In the bilberry juice,
delphinidin (Dp), cyanidin (Cy), petunidin (Pet), peonidin
(Pn), and malvidin (Mal) with galactoside (Gal), glucoside
(Glu), and arabinoside (Ara) forms were detected.The results
obtained for black currant juice indicate that the material is a
source of delphinidin-3-glucoside, delphinidin-3-rutinoside,
cyanidin-3-glucoside, and cyanidin-3-rutinoside as well as
petunidin-3-glucoside and petunidin-3-rutinoside.The indi-
vidual anthocyanin contents were determined according to
the linear calibration curve (correlation coefficient = 0.989)
and expressed as 𝜇g of cyanidin-3-glucoside per one mL.The
highest concentration of these compounds in the Vaccinium
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Figure 4: The adhesion (RLU/cm2) of A. bogorensis (ISD1, ISD2, and FFMW) and A. lannensis (IFMW, IFCW, and FMW1) strains in M
2

medium with glucose (a), fructose (b), and sucrose (c) to PET (black bars), PS (grey bars), and G (white bars).
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Figure 5: Anthocyanins profile in the Ribes nigrum juice.

myrtillus juice was noted for petunidin-3-glucoside (2.48 𝜇g/
mL) and malvidin-3-glucoside (2.41 𝜇g/mL), cyanidin-3-glu-
coside (1.83 𝜇g/mL), and delphinidin-3-glucoside (1.78 𝜇g/
mL). The major anthocyanins in the Ribes nigrum juice were
delphinidin-3-rutinoside (2.04𝜇g/mL) and cyanidin-3-ruti-
noside (1.99 𝜇g/mL). The presence of anthocyanins was also
confirmed by LC-MS (Table 3). Twenty-two compoundswere
detected: seven common for both juices, twelve designated
only for bilberry, and three for black currant juice. Besides
anthocyanins (delphinidin, cyanidin, petunidin, and malvi-
din derivatives), phenolic acids (chlorogenic and neochloro-
genic) as well as flavonols (quercetin-3-glucoside, quercetin-
3-rutinoside) and flavanols (procyanidin B2 and procyanidin
type A2) were detected. Numerous studies have reported the
composition of phenolic acids, anthocyanins, and flavonols in
Ribes nigrum [24–26] andVacciniummyrtillus fruits [27–30].
The bilberry fruits are a rich source of delphinidin, cyanidin,
petunidin, peonidin, malvidin, and their derivatives. The
anthocyanin concentration of bilberry juices ranged from
1610 to 5963mg/L, with the mean of 3087mg/L [30] while
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Table 3: Bioactive compounds in bilberry and black currant juices.

RT (min) 𝜆max (nm) [M −H]− Fragment ions Compound V. myrtillus R. nigrum
8.48 244, 323 353 191, 179 Neochlorogenic acid + +
9.06 244, 330 355 191 Chlorogenic acid − +
9.62 223, 280 463 301 Delphinidin-3-galactoside + −

9.73 246, 330 355 179, 163 Caffeoyl hexose + +
11.01 522 341 179 Dicaffeic acid + −

11.22 278, 521 463 301 Delphinidin-3-glucoside + +
11.65 224, 522 609 301, 406 Delphinidin-3-rutinoside − +
13.47 280, 520 447 285 Cyanidin-3-glucoside + +
15.60 280, 521 477 315 Petunidin-3-galactoside + +
15.63 236, 279 577 407 Procyanidin B2 + −

15.93 236, 280 575 377, 395, 449 Procyanidin A2 + −

16.04 272, 520 477 315 Petunidin-3-glucoside + −

20.78 260, 352 479 317 Myricetin-3-galactoside − +
20.84 254, 354 461 301 Quercetin-3-glucoside + +
21.20 276, 527 491 329 Malvidin-3-galactoside + +
21.47 233, 279 866 577, 451 B-type procyanidin trimer + −

25.34 233, 280 863 573, 411 A type procyanidin trimer + −

26.45 230, 278 1152 861, 577 A type procyanidin tetramer + −

28.59 261, 352 479 317 Myricetin-3-glucoside + −

28.68 233, 279 489 285 Cyanidin-6-acetyl-3-glucoside + −

30.34 281, 521 505 301 Delphinidin-6-acetyl-3-glucoside + −

33.71 258, 354 609 301 Quercetin-3-rutinoside + −

Peak
(1) ND
(2) ND
(3) ND
(4) Dp3Gal
(5) Dp3Glu
(6) Cy3Gal
(7) Dp3Ara
(8) Cy3Glu
(9) Pet3Gal
(10) Pet3Glu
(11) Pn3Gal
(12) Pet3Ara
(13) Pn3Glu
(14) Mal3Gal
(15) Mal3Glu
(16) Mal3Ara
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Figure 6: Anthocyanins profile in the Vaccinium myrtillus juice.

in the case of R. nigrum the average content of anthocyanin
amounts to 3500mg/L [31]. In relation to these data, black
currant juice used in our study was characterized by much
lower content of anthocyanins than bilberry juice, both quali-
tatively and quantitatively. The variations in anthocyanin
profiles may be determined by genotype features of the plants
and climatic conditions [28]. Despite the significant differ-
ences in the content of polyphenol compounds, juices of black
currants and blueberries are rich sources of bioactive com-
pounds that can be used as a remedy in many illnesses. It is
well known that these compounds have beneficial effects in
preventing cardiovascular and neurological diseases [32, 33]
and possess anticancer [34, 35], anti-inflammatory [36, 37],
neuroprotective [38], and antidiabetic [39] activities. The
antibacterial activities of various fruit extracts on common
potential pathogens including antibiotic-resistant strains
were also documented [40]. Research suggests that cran-
berry (Vaccinium macrocarpon) juice, in particular, helps in
maintaining the health of the urinary tract [41]. The profile
of cranberry juice, being rich in A type proanthocyanidins
(PACs) in contrast to the B-type PACs, presents inmost other
fruits [42]. PACs are colorless oligomers and polymers of
flavan-3-ols that show especial antiaggregation abilities [43].
The antibacterial activity of cranberry A type proanthocya-
nidin was demonstrated in vitro on uropathogenic P-fimbri-
ated Escherichia coli [44] and other pathogenic bacteria [7, 9].
What is interesting is that our results of LC-MS showed that
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bilberry juice is a source of proanthocyanidins type A and
procyanidin type 2. Despite the limited literature concern-
ing the data demonstrating the presence of type A proantho-
cyanidins in cranberry, some research suggests that they may
also be present in wild berries. Schmidt et al. (2004) suggest
that high molecular weight oligomeric proanthocyanidins
from wild Vaccinium angustifolium exhibit strong antipro-
liferation activity against human prostate and mouse liver
cancer cell lines [45]. Characterization of proanthocyanidins
in wild blackberries was also carried out in the work of
Cuevas-Rodŕıguez et al. (2010) [46]. Generally, the highest
contents of all types of proanthocyanidins were determined
in blackthorns, chokeberries, saskatoon berries, blueberries,
cranberries, and lingonberries [46–52]. Moreover, it was
shown that the proanthocyanidins can also be present in
the bilberry fruits, chemical composition of which may be
similar to that of cranberry fruit [53].

3.3. Growth. Due to the higher 𝐴 (%) results and quite high
RLU values, for the next stage of this study, based on the
effect of fruit juices on the growth and adhesion of Asaia
spp., we chose M

1
medium with glucose for growth analysis

andM
2
medium with sucrose with PET carriers for adhesion

investigation.
The growth in M

1
medium without fruit juices varied

depending on the strain with mean value of 7.02 ± 2.41 ×
10

9 CFU/cm3 (Figure 7). After 14-day incubation, the best
growth was noted for A. bogorensis ISD2 (1.08 ± 0.23 ×
10

10 CFU/cm3) and A. bogorensis ISD1 (9.97 ± 1.45 ×
10

9 CFU/cm3) while the lowest number of the bacteria was
detected forA. lannensis FMW1 (2.67±1.70×109 CFU/cm3).
The addition of R. nigrum and V. myrtillus juices caused a
slight reduction in the number of viable bacterial cells. The
average count in M

1
medium with 10% (v/v) bilberry juice

and black currant juice was 2.60 ± 1.35 × 109 CFU/cm3 and
4.37 ± 2.85 × 10

9 CFU/cm3, respectively. The obtained results
suggested thatA. bogorensis showed higher sensitivity to fruit
juices than A. lannensis strains.

According to the literature, polyphenols from various
fruit demonstrate antibacterial activities, especially against
pathogenic strains: P. aeruginosa, Staph. aureus, E. coli, L.
monocytogenes, and Salmonella spp. Polyphenols are able
to suppress a number of microbial virulence factors, such
as reduction of host ligands adhesion, inhibition of biofilm
formation, and neutralization of bacterial toxins, and show
synergism with antibiotics [54]. The activity of phenolic
compounds includes interactionwithmicrobial enzymes that
are responsible for the cell growth or have direct influence on
microbial metabolism by inhibition of oxidative phosphory-
lation [55]. In addition, the cells of Gramnegative bacteria are
surrounded by an outermembrane, which acts as barrier pro-
tecting against many external agents [56]. The permeability
of this membrane is regulated by hydrophilic channels which
generally exclude the entry of hydrophobic substances to
the bacterial cell. However, some agents, including essential
oils and terpenoids and other phenolic compounds, affect
membrane barriers, which stimulate the penetration of bioac-
tive agents in bacterial cells [57]. It was found that berries
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Figure 7: Growth of the Asaia spp. strains in M
1

medium with
glucose (white bars), supplemented by bilberry (grey bars) and black
currant (black bars) juices.

extracts clearly caused higher permeability of Salmonella spp.
membranes, cell penetration, and reaction with cellular pro-
teins [58]. According to Nohynek et al. (2006), the activity of
polyphenolic compounds from berry fruits may be the result
of multiple mechanisms and synergies due to the presence of
various bioactive compounds [56]. In Puupponen-Pimiä et
al. (2001) study, extracts from blueberry and black currant
fruits were checked against pathogenic Gram negative and
Gram positive bacteria [5]. It was shown that anthocyanins
(pelargonidin, cyanidin) as well flavonols (myricetin) showed
inhibitory effect against Gram negative cells of E. coli and
Salmonella spp. Phenolic extracts containing tannins and
their derivatives showed strong antibacterial effect against
Staph. aureus, H. pylori, C. perfringens, B. cereus, Klebsiella
spp., and Proteus spp. [56, 58]. However, the knowledge about
the effect of fruit phenolics on food spoilage bacteria is still
limited.

3.4. Biofouling. It is well known that luminometric measure-
ments in an environment of fruit juices that are rich in poly-
phenols may carry a margin of error. Luminometry is based
on the reaction of enzymatic oxidation of luciferin to oxylu-
ciferin and the presence of antioxidants can influence the final
results. It has been documented that polyphenols present in
green tea can inhibit the enzymatic activities [59]. Therefore,
in the light of that fact, we used two different methods to
assess the adhesion of cells to PET surface: luminometry and
plate count technique.

The effect of the bilberry and black currant juices on the
adhesion properties of Asaia spp. was performed during cul-
tivation in M

2
medium with PET carriers. Results, expressed

as adhesion relative coefficient𝐴 (%) andRLU/cm2, were pre-
sented in Figures 8(a) and 8(b), respectively. The coefficient
𝐴 (%) calculated for the sixth day of incubationwith 10% (v/v)
juice showed significant decrease in the adhesion and biofilm
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Figure 8: Adhesion of the Asaia spp. strains to PET carrier in M
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medium with sucrose (white bars) supplemented by bilberry (grey bars)
and black currant (black bars) juices, evaluated by plate count method (a) and luminometry (b).

formation (Figure 8(a)). This parameter for cell adhesion
with bilberry juice ranged from 0.19 ± 0.11% to 0.94 ± 0.59%,
while for black currant juice the values were 0.01 ± 0.009%
to 4.85 ± 0.41%. The results were 4 ÷ 11 times lower in
comparison to the control sample without V. myrtillus juice.
Luminometric results (RLU/cm2) also confirmed significant
reduction of adhesion (Figure 8(b)). There were statistically
significant differences between the control samples and
cultures with fruit juices (𝑝 < 0.05). Additionally, the
differences were noted for antiadhesive activities of tested
juices.The values ranged from 1460±102RLU/cm2 to 9800±
520RLU/cm2 (Av = 4252 ± 2748RLU/cm2) for the control
sample and for adhesion in the presence of V. myrtillus and
R. nigrum from 14 ± 5RLU/cm2 to 160 ± 34RLU/cm2 (Av =
70 ± 58RLU/cm2) and from 600 ± 54RLU/cm2 to 1900 ±
187RLU/cm2, respectively (Av = 1218±474RLU/cm2).Thus,
bilberry juice inhibited biofouling of all tested Asaia spp.
bacteria, while in the presence of black currant juice we noted
the antiadhesive effect for A. bogorensis strains in particular.

The use of fruit juice not only brings antiadhesive effects,
but also has other health benefits. The prohealth action of
berry juices has been known in folk medicine. However,
antiadhesive properties of fruit juices were documented
scientifically mainly for cranberry (Vaccinium macrocarpon)
[17, 41, 54]. The effect of blueberry constituents on the
adhesion of Staph. mutans was also documented [60]. The
recent studies are related to the effect of cranberry juice on
the growth and adhesion abilities of bacteria Asaia spp. It
was documented that, in the presence of cranberry juice,
the attachment of A. bogorensis cells to plastic surfaces was
significantly lower [19]. However, the mechanisms by which
cranberry extracts are effective as antiadhesive agent have

not been fully established yet. It is believed that there are
two main compounds involved in the inhibition of bacterial
attachment: fructose blocking bacterial type 1 fimbriae and
proanthocyanidins which bind with type P fimbriae, prevent-
ing cells adhesion [41, 61]. The chromatographic analysis of
the polyphenols in V. macrocarpon confirmed the presence
of type A proanthocyanidin [19, 62]. Thus, we can assume
that type A proanthocyanidins present in berries may show
an antiadhesive effect to Asaia spp. cells.

4. Conclusions

The results presented in this study suggest that bilberry and
black currant juices show high antiadhesive and antibacterial
activity against food-spoiled bacteria belonging to the genus
Asaia. ParticularlyV.myrtillus juice characterized by a higher
content of polyphenols including A type proanthocyanidin
showed strong antiadhesive andbacteriostatic properties.The
high content of bioactive compounds with proven health-
promoting properties makes them a valuable supplement
of soft drinks, as well as interesting alternative to artificial
additives to keep the microbial stability of final products.
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[9] S. Caillet, J. Côté, J.-F. Sylvain, and M. Lacroix, “Antimicrobial
effects of fractions from cranberry products on the growth of
seven pathogenic bacteria,” Food Control, vol. 23, no. 2, pp. 419–
428, 2012.

[10] N. Rafsanjany, J. Senker, S. Brandt, U. Dobrindt, and A. Hensel,
“In vivo consumption of cranberry exerts ex vivo antiadhesive
activity against FimH-dominated uropathogenic Escherichia
coli: a combined in vivo, ex vivo, and in vitro study of an extract
fromVacciniummacrocarpon,” Journal of Agricultural and Food
Chemistry, vol. 63, no. 40, pp. 8804–8818, 2015.

[11] L. Qian, J. Thomas, and J. Taylor, “Antimicrobial effects of
cranberry juice against common Gram-negative uropathogens
in vitro,” American Journal of Clinical Pathology, vol. 142, article
A074, 2014.

[12] B. D. Mathison, L. L. Kimble, K. L. Kaspar, C. Khoo, and
B. P. Chew, “Consumption of cranberry beverage improved
endogenous antioxidant status and protected against bacteria
adhesion in healthy humans: a randomized controlled trial,”
Nutrition Research, vol. 34, no. 5, pp. 420–427, 2014.

[13] D. Kregiel, A. Rygała, Z. Libudzisz, P.Walczak, and E. Ołtuszak-
Walczak, “Asaia lannensis—the spoilage acetic acid bacteria
isolated from strawberry-flavored bottled water in Poland,”
Food Control, vol. 26, no. 1, pp. 147–150, 2012.

[14] J. E. Moore, M. McCalmont, J. Xu, B. C. Millar, and N. Heaney,
“Asaia sp., an unusual spoilage organism of fruit-flavored
bottled water,”Applied and EnvironmentalMicrobiology, vol. 68,
no. 8, pp. 4130–4131, 2002.

[15] I. Horsáková, M. Voldřich, M. Čeřovský, P. Sedláčková, P.
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González-Paramás, and R. Törrönen, “Distribution and con-
tents of phenolic compounds in eighteen scandinavian berry
species,” Journal of Agricultural and Food Chemistry, vol. 52, no.
14, pp. 4477–4486, 2004.

[49] X. Wu, L. Gu, R. L. Prior, and S. McKay, “Characterization of
anthocyanins and proanthocyanidins in some cultivars ofRibes,
Aronia, and Sambucus and their antioxidant capacity,” Journal of
Agricultural and Food Chemistry, vol. 52, no. 26, pp. 7846–7856,
2004.

[50] B. Buendı́a, M. I. Gil, J. A. Tudela et al., “HPLC-MS analysis of
proanthocyanidin oligomers and other phenolics in 15 straw-
berry cultivars,” Journal of Agricultural and Food Chemistry, vol.
58, no. 7, pp. 3916–3926, 2010.

[51] B. L. White, L. R. Howard, and R. L. Prior, “Release of bound
procyanidins from cranberry pomace by alkaline hydrolysis,”
Journal of Agricultural and Food Chemistry, vol. 58, no. 13, pp.
7572–7579, 2010.

[52] L. R. Howard, C. Castrodale, C. Brownmiller, and A. Mauro-
moustakos, “Jam processing and storage effects on blueberry
polyphenolics and antioxidant capacity,” Journal of Agricultural
and Food Chemistry, vol. 58, no. 7, pp. 4022–4029, 2010.

[53] D. L. Madhavi, J. Bomser, M. A. L. Smith, and K. Singletary,
“Isolation of bioactive constituents from Vaccinium myrtillus
(bilberry) fruits and cell cultures,” Plant Science, vol. 131, no. 1,
pp. 95–103, 1998.

[54] O. Burger, E. Weiss, N. Sharon, M. Tabak, I. Neeman, and I.
Ofek, “Inhibition ofHelicobacter pylori adhesion to human gas-
tricmucus by a high-molecular-weight constituent of cranberry
juice,”Critical Reviews in Food Science andNutrition, vol. 42, no.
3, pp. 279–284, 2002.

[55] A. Scalbert, “Antimicrobial properties of tannins,” Phytochem-
istry, vol. 30, no. 12, pp. 3875–3883, 1991.

[56] L. J. Nohynek, H.-L. Alakomi, M. P. Kähkönen et al., “Berry
phenolics: antimicrobial properties and mechanisms of action
against severe human pathogens,”Nutrition and Cancer, vol. 54,
no. 1, pp. 18–32, 2006.

[57] I. M. Helander, H.-L. Alakomi, K. Latva-Kala et al., “Charac-
terization of the action of selected essential oil components
on gram-negative bacteria,” Journal of Agricultural and Food
Chemistry, vol. 46, no. 9, pp. 3590–3595, 1998.
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The oral ecosystem is a very complex environment where more than 700 different bacterial species can be found. Most of them
are organized in biofilm on dental and mucosal surfaces. Studying this community is important because a rupture in stability can
lead to the preeminence of pathogenic microorganisms, causing dental decay, gingivitis, or periodontitis. The multitude of species
complicates biofilm analysis so its reproduction, collection, and counting are very delicate.Thedevelopment of experimentalmodels
of dental biofilms was therefore essential and multiple in vitro designs have emerged, each of them especially adapted to observing
biofilm formation of specific bacteria within specific environments. The aim of this review is to analyze oral biofilm models.

1. Introduction

The oral cavity is a complex environment harboring more
than 700 bacterial taxa. One major player in this ecosystem
is dental plaque which develops naturally on hard and
soft tissues of the mouth. Most oral bacteria are found in
this biofilm whose complex organization remains relatively
stable over time despite regular environmental changes [1–
4]. Pathologies such as dental caries or periodontitis may
arise when the equilibrium is compromised and when an
imbalance occurs among the indigenous bacteria [5].

For many years, the oral ecosystem was studied with
a reductionist approach, microbiologists studying bacterial
species individually. This strategy made it possible to review
and understand all the different components of this ecosys-
tem, but without being able to explain how bacteria can form
biofilms or to understand their functioning.Thedevelopment
of experimental models of dental biofilms was therefore
essential and multiple in vitro models have emerged, each of
them especially adapted to observing biofilm formation of
specific bacteria within specific environments.

The aim of this review is to present currently available
oral biofilmmodels. Various experimental designs have been

developed from simple ones with a single bacterium to more
complex multispecies designs.

Interests and limits of each model described below are
given in Table 1.

2. Saliva and Medium

2.1. Saliva. Adhesion of bacteria to solid substratum is often
mediated by a conditioning film of molecules adsorbed to
the surface. In the oral cavity, the dental pellicle needs to be
deposited on tooth surfaces for oral biofilm to develop. It is
mostly composed of salivary proteins.

In order to mimic this coat, some authors recommend
using artificial saliva, the major advantage being that it is
reproducible.

Pratten compared various artificial saliva compositions:
basic saliva first described by Russell and Coulter [6], hybrid
saliva (with modified proportions), modified saliva (with-
out lab-lemco), and complete saliva (with more mucins).
Complete saliva seems to be the most reasonable compro-
mise [7]. Basic saliva has also been used in other works
that aimed to test the effect of antimicrobial agents on
orthodontic bonding materials [8], the effect of manganese
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on Streptococcus mutans biofilm [9], or the effect of various
oral rinses on the detachment of an artificial oral biofilm
[10]. Wong and Sissons compared two different types of
saliva: BMM (Basal Medium Mucin) and DMM (Defined
Medium Mucin) [11]. BMM is a complex mucin-containing
but chemically undefined medium, while DMM is based on
the Shellis artificial saliva [12] and contains various ions,
vitamins, amino acids, and growth factors at the same rate
as in human saliva. Other authors also supplied their biofilm
with DMM in order to test the effect of nutrient variations on
the formation of biofilms [12–15].

All these artificial media have a simpler composition
than natural human saliva. Particularly, they do not contain
the various proteins present in the acquired pellicle (e.g.,
histatins, proline rich proteins) which play an important role
in the mechanisms of bacterial adherence. For this reason,
human saliva was used in many other studies in order to
be closer to oral conditions [16–18]. Human saliva can be
collected from only one or several healthy volunteers [19, 20].
It is obtained by splitting at least 1 hour and a half after
eating, drinking, and tooth cleaning. Samples are pooled
and centrifuged, and the supernatants are pasteurized and
recentrifuged before being stored at −20∘C [21].

In order to grow biofilms, media have to reach all the
complex nutritional requirements to allow the growth of
bacteria. Saliva only or its combination with selective media
can be used. Regarding selective media, in case of mono-
species biofilms, each bacterium has its preferred medium
that eases its growth.

In case of plurispecies biofilms, the Fluid Universal
Medium, described by Guggenheim et al. [21], can generally
allow the growth of many bacterial species, so it has been
used as a support for multispecies biofilms. This FUM
went through modifications and created the modified FUM
(supplementedwith 67mmol/L Sorensen’s buffer, pH 7.2), the
enriched FUM (+0.15% sucrose, 0.15% glucose). 50% heat
inactivated horse serum can be added to help the growth
of certain bacteria, as well as N-acetylmuramic acid for T.
forsythia, of 0.34mM hemin for P. gingivalis [22].

3. Substrates

3.1. Experimental Oral Biofilms Are Developed on
Various Supports

3.1.1. Glass Surfaces. Hamada and Torii described a very
simple device for testing biofilm formation on an inert
surface [23]. Briefly, an overnight culture was added to a
glass tube containing specific medium and sucrose 1%. The
cultures were incubated at 37∘C with an angle of 30 degrees.
Biofilm formation was evaluated after 24 to 48 hours with
the Murchison scale from 0 (no adhesion) to 4 (strongly
adhesive) [24]. Hasan et al. used this support to study
the effect on sucrose-dependent and sucrose-independent
adherence of S. mutans and the inhibitory effect of a plant
extract on these bacteria [25, 26].

This model also enabled the investigation of the adher-
ence capacities of oral lactobacilli for potential probiotic pur-
poses [27] and the antiadherence properties of polyphenolic

compounds on oral bacteria [28]. However, this design
does not include the formation of the acquired pellicle: the
bacteria directly adhere on the glass surface. For the authors,
the ability of S. mutans cells to colonize various smooth
surfaces may be due to the insoluble glucans synthesized
from sucrose by the bound glucosyltransferase. Therefore,
this experimental model makes it possible to quickly screen
the biofilm formation capacity of various strains that possess
this enzyme.

3.1.2. Dentin. Most studies carried out on dentin have
focused on endodontic infection. Endodontic disease is a
biofilm-mediated infection in which Enterococcus faecalis
is commonly found [29]. The dentin discs used can be of
human [30–32] or bovine origin [33–36]. Some other studies
have also been performed on human whole teeth [37]. Many
studies aimed to evaluate the antimicrobial activity of various
solutions and their capacity to eradicate E. faecalis biofilm
[30, 31, 34, 36]. Unlike the above-mentioned studies, Li et
al. worked on the dentin-composite interface subjected to
multispecies biofilm [35]. Bovine dentin discs have also been
used in a continuous culture model to study the effects of
shiitake mushrooms on biofilms composition and cariogenic
properties [33].

3.1.3. Enamel. Enamel is mostly used as a substratum for
cariogenic biofilm models. Like dentin, it may be of human
or bovine origin [38, 39]. The role of sucrose as a cariogenic
molecule has been widely investigated using this substratum
in batch models [39, 40] or in an artificial mouth [38].

3.1.4. Polystyrene Surfaces. Polystyrene microtiter plates pro-
vide a convenient and sterile abiotic surface for studying bac-
terial biofilm formation. Loo et al. used this support to study
Streptococcus gordonii biofilm and particularly to identify
the genes that code for biofilm phenotypes [41]. Oettinger-
Barak et al. as well as Izano et al. used static 96-well plates
to investigate the effect of antibiotics on biofilm formation
[42, 43]. The biofilms were highlighted with crystal violet
staining after a 24-hour incubation. To analyze the effect of
the xylitol and ursolic combination or a synthetic peptide, 24-
well plates were used to grow biofilms of various Streptococcus
species [44, 45]. Other species have also been investigated
using this medium: for example, Actinomyces naeslundii [46]
and E. faecalis [47]. A comparison between mono-species
and duo-species biofilm combining S. mutans and Veillonella
parvula was made by Kara et al. on 96-well plates [48].

In all these studies, bacteria adhered directly on poly-
styrene surfaces. Other authors have used microtiter plates
coated with various substrates. Human saliva was found to
allow the growth of mono-species biofilms [49]. Saito et
al. inoculated periapical microorganisms on plates coated
with collagen to confirm the stimulation of Fusobacterium
nucleatum biofilm formation by Porphyromonas gingivalis
[50]. The effect of Kaempferia pandurata on multispecies
biofilm was investigated by Yanti et al. by coating it on the
plates before growing the biofilm [51].
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3.1.5. Hydroxyapatite. The use of hydroxyapatite allows stud-
ies on synthetic media mimicking dental tissues, thereby
avoiding the search for extracted teeth. Many authors have
used this medium in form of either beads or discs. Saliva-
coated hydroxyapatite beads have been used in various
studies. The growth rate and biofilm thickness of a dual
biofilm of S. mutans and Streptococcus sobrinus were studied
by Rozen et al. [52]. The adherence properties of bacterial
strains as oral probiotic candidates have also been processed
on saliva-coated hydroxyapatite beads [53] or discs [27].
Furthermore, hydroxyapatite has been used to investigate the
effects of various molecules on S. mutans biofilm formation
on both beads [50, 54–56] and discs [57–59].

Other authors have investigated dual-species biofilms. Li
et al. tested the effect of nicotine on dual-species biofilms of
S. mutans and Streptococcus sanguinis [60]. Ali Mohammed
et al. worked on the DNase I and proteinase K treatment
of F. nucleatum and P. gingivalis biofilms [61]. Dual-species
biofilms allowed the observation of differences in growth and
acid formation between S. mutans andV. parvula strains [48].

Hydroxyapatite discs were also the medium used in the
Zürich model described below [21].

4. Incubation Conditions

Bacterial oral biofilm model systems can be divided into two
groups: closed batch culture and open continuous culture
models.

4.1. Batch Models. One commonly used model developed
by Guggenheim et al. is called the Zürich model [21].
This multispecies model allows the study of interactions in
bacterial communities.

The first version of this model contained five different
species (A. naeslundii, Veillonella dispar, F. nucleatum, S.
sobrinus, and Streptococcus oralis). Biofilms are developed on
hydroxyapatite discs coated with pasteurized human saliva
for 64 hours in anaerobic conditions before collection. This
model was subsequently improved by adding more bacterial
species [62]. Using this more recent model, Ammann et al.
demonstrated the importance of nutritional conditions for
biofilm development and brought some changes to the cul-
ture conditions. The Zürich model has been used extensively
to test the effect of various components like plant extracts,
polyphenolic compounds, and mouthwashes [28, 59, 63, 64].
Furthermore, it has been used to study the effect of xylitol on
a growing biofilm [65]. While various studies have described
biofilm formation in static systems, bacteria in the oral cavity
are subject to constantly changing environmental conditions
(e.g., saliva flow conditions). Static models are not able to
simulate these conditions so dynamic models are required.

4.2. Continuous Culture Models

4.2.1. Constant Depth Film Fermenter. The Constant Depth
Film Fermenter is a dynamic biofilm model that allows the
control of environmental factors such as the substratum, the
nutrient source, and the gas flow [66]. Even biofilm thickness
can be controlled [67]. Mono-species biofilm can be studied

in this apparatus [68], but the principal advantage is to work
with multispecies biofilm mimicking in vivo conditions as
closely as possible. For example, Ready et al. assessed the
resistance of a multispecies oral biofilm to tetracycline with
this model [69].

The concept consists in a glass cylinder that contains a
stainless steel plate linked to an electric motor that allows the
plate rotation. Pores at the cylinder summit enable gas and
medium to enter and exit. On the plate, wells are dug into
which discs or substratum can be dropped. Temperature and
gas flow are controlled and medium and saliva are injected
with a pump. Excessive medium is absorbed. The Constant
Depth Film Fermenter is a complex system allowing only
one antimicrobial formula to be tested at a time so it has
been improved, and two different treatments can now be
performed at the same time [33, 70].

4.2.2. Flow Cell Chamber System. This model consists in a
glass slide coated with saliva that is placed in a chamber and
is crossed by a continuous flow of medium [71, 72]. Schlafer
et al. tested the effect of osteopontin on amultispecies biofilm
using this model [73]. Furthermore, by allowing the evalua-
tion of biofilm development under flow and shear conditions,
it has been used to assess antibiotics [42]. Periodontal biofilm
can also be developed with it [74].

5. Biofilm Collection and Analysis

The methods used to identify different microorganisms in
a microcosm biofilm vary according to the models. There
are two approaches: cultivation-based and non-cultivation-
based.

5.1. Cultivation-Based Methods. This technique needs the
biofilm to be collected. Some authors recommend vigorous
vortexing to remove cells from the biofilm [64, 75]. Ready
et al. add a sonication step after vortexing the biofilm [69].
Wirtanen et al. harvest the biofilm by scratching the surface
of the tray with a swab and then immersing it in a dilution
medium [76]. In their Zürich model, Guggenheim et al.
scratch the surface of the disc with a sterile curette to
harvest all the cells of the biofilm, even those that are firmly
attached [21]. The collected biofilm is then plated on various
selective agar media. The distinct colony morphology and
gram staining allow the species to be differentiated. This
technique of counting colony forming units makes it possible
to investigate the effect of various components on the viability
of bacteria both on mono-species biofilms [44, 45, 56] and
on plurispecies ones [63, 65, 77, 78]. However, it is a time-
consuming method and noncultivable species cannot be
included in the biofilm. Moreover, scratching of biofilms on
hydroxyapatite surfaces may not be easily reproducible.

5.2. Non-Cultivation-BasedMethods. Since oral diseases have
a complex etiology and because only around 50% of
oral biofilm can be grown at present, culture-independent
molecular-based approaches have been developed that give
a more comprehensive assessment of the presence of a
range of putative pathogens in samples [78]. In studies on
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E. faecalis biofilms, dentin specimens were stained with
BacLight and observed with a fluorescence microscope [30].
In multispecies models, fluorescence in situ hybridization
(FISH) in combination with epifluorescence and confocal
laser scanning microscopy (CLSM) are other standard meth-
ods for the visualization and identification of species.

5.2.1. In Situ Hybridization Fluorescence (FISH). A sequential
FISH approach allows multiple populations to be detected
in a biofilm sample [79]. Indeed, FISH is a recognized tool
for the specific identification of targeted bacteria within mul-
tispecies biofilms [62]. Moreover, Thurnheer et al. showed
that it is possible to perform several consecutive FISH
procedures with multiple rRNA to identify simultaneously
many members of biofilms [80]. FISH can also be combined
with CLSM [62, 64].

5.2.2. EpifluorescenceMicroscopy andConfocal Laser Scanning
Microscopy (CLSM). The LIVE/DEAD� BacLight� fluores-
cence solution can be used to differentiate viable cells from
nonviable ones in terms of membrane integrity. Viable cells
are stained with SYTO9� which fluoresces green, while the
nonviable ones are stained with propidium iodide which
fluoresces red. Using BacLight LIVE/DEAD, Standar et al.
inspected cells by fluorescencemicroscopywhen theyworked
on the biofilm behavior of mixed-species cultures with dental
and periodontal pathogens [81]. Chávez de Paz also used this
technique to assess cell viability within multispecies biofilms
in root canals [82].

CLSM has also been widely used to observe biofilms
in three dimensions. It allows the systematic collection of
high-quality biofilm images suitable for digital image analysis
[79]. After 15mn dark incubation, de Carvalho et al. use an
excitation wavelength of 488 nm to collect all light emitted
between 500 and 550 nm and over 560 nm by various filters.
They use the scan mode time series to take a series of time-
lapse scans at intervals of 10 s during 590 s in continuous
scanning mode with a 10x objective lens [83]. Hobby et al.
incubate the wells for 18mn before using a Zeiss LSM 510
Meta confocal scanning system [84].

Some models combine non-cultivation-based and
cultivation-based methods. According to Blanc et al., it is
thus possible to determine the presence of all the species
within the biofilm structure, the volume occupied by the
bacteria, and the distribution of live and dead cells at the
different biofilm development times [85].

5.2.3. Scanning Electron Microscopy (SEM). Standar et al. use
SEM to observe their multispecies biofilms models. Biofilms
are fixed for 24 hours in a 2.5% glutaraldehyde solution
and the supports are rinsed with 0.1M Na-acetate buffer
and dehydrated with a graded ethanol series. Then they are
subjected to critical point dryingwithCO

2
, coveredwith gold

(10 nm thickness) and examined with a Zeiss DSM 960 A
electronmicroscope [81]. Howlin et al. also use this technique
to visualize biofilms after their removal with an ultrasonically
activated water stream [86]. Thurnheer et al. also use SEM to
study the role of red complex bacteria in the colonization of
gingival epithelia by subgingival biofilms in vitro [74].

5.2.4. PCR. Until recently, PCR was mostly used to identify
and count bacterial species in vivo or in dental plaque samples
in connection with oral diseases (caries, periodontitis) [87,
88]. However, in more recent studies, it has also been used
to identify species in in vitro models either after culture
or directly within the biofilm. For example, Zaura et al.
used quantitative real-time PCR (qPCR) to observemicrobial
shifts due to the effect of shiitake mushroom on an in vitro
caries model [33].

In 2013, Ammann at al. compared a qPCR assay with
fluorescence microscopy and colony forming unit counting
on selective agars. They found that all ten species included in
their in vitro biofilmwere successfully quantified using qPCR
and FISH or immunofluorescence as well as the eight species
culturable on selective agar plates. They concluded that CFU
counts yielded lower values than the othermethods.The same
authors also used qPCR combined with CLSM following
FISH to compare the quantitative distribution of bacteria and
the three-dimensional structure of biofilms either with or
without early colonizing species added at a later time point
[22]. For a very close purpose, Karched et al. using only
qPCR showed that six periodontal species were able to form
multispecies biofilm up to eight days in vitro without pioneer
plaque bacteria [89].

The limitation of qPCR is its inability to discriminate
between live and dead cells. Extracellular DNA present in the
matrix of the biofilm can also be quantified. To overcome this
problem, propidiummonoazide has been used in association
with qPCR [90, 91].The results of these studies demonstrated
the efficiency of PMA for differentiating viable and dead
strains of various species.

6. Conclusion

Because biofilms constitute a privileged way of life for oral
bacteria, a clear understanding of the processes involved in
their formation, their pathogenicity, and their resistance in
various biocides is essential for their control. While several
experimental models have been proposed to date, differences
in biofilm formation times, growth media, incubation condi-
tions (static or flow, aerobic or anaerobic), and the procedures
for collecting and analyzing biofilms make a comparison
difficult. Choosing the most suitable procedure depends on
the particular objective that is sought and on the laboratory
facilities that are available.
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