
Scanning

Atomic Force Microscopy: In Sickness 
and in Health

Lead Guest Editor: Andreas Stylianou
Guest Editors: Stylianos Vasileios Kontomaris, Colin Grant, 
and Eleni Alexandratou



Atomic Force Microscopy: In Sickness
and in Health



Scanning

Atomic Force Microscopy: In Sickness
and in Health

Lead Guest Editor: Andreas Stylianou
Guest Editors: Stylianos Vasileios Kontomaris, Colin Grant,
and Eleni Alexandratou



Copyright © 2019 Hindawi. All rights reserved.

This is a special issue published in “Scanning.” All articles are open access articles distributed under the Creative Commons Attribution
License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.



Editorial Board

Masayuki Abe, Japan
David Alsteens, Belgium
Igor Altfeder, USA
Jose Alvarez, France
Richard Arinero, France
Renato Buzio, Italy
Ovidiu Cretu, Japan
Nicolas Delorme, France
Hendrix Demers, Canada
John R. Dutcher, Canada

Jonathan R. Felts, USA
Marina I. Giannotti, Spain
Sacha Gómez, Spain
Federico Grillo, UK
Anton V. Ievlev, USA
Berndt Koslowski, Germany
Jessem Landoulsi, France
Emanuela Margapoti, Brazil
Alessio Morelli, UK
Daniele Passeri, Italy

Andrea Picone, Italy
Jason L. Pitters, Canada
Michela Relucenti, Italy
Damien Riedel, France
Francesco Ruffino, Italy
Steven R. Schofield, UK
Christian Teichert, Austria
Marilena Vivona, UK
Kislon Voïtchovsky, UK
Masamichi Yoshimura, Japan



Contents

Atomic Force Microscopy: In Sickness and in Health
Stylianos-Vasileios Kontomaris, Colin Grant, Eleni Alexandratou, and Andreas Stylianou
Editorial (2 pages), Article ID 6149247, Volume 2019 (2019)

Atomic Force Microscopy on Biological Materials Related to Pathological Conditions
Andreas Stylianou , Stylianos-Vasileios Kontomaris, Colin Grant, and Eleni Alexandratou
Review Article (25 pages), Article ID 8452851, Volume 2019 (2019)

Conformational Distortions of the Red Blood Cell Spectrin Matrix Nanostructure in Response to
Temperature Changes In Vitro
Elena Kozlova , Aleksandr Chernysh, Viktoria Sergunova, Ekaterina Manchenko, Viktor Moroz,
and Aleksandr Kozlov
Research Article (12 pages), Article ID 8218912, Volume 2019 (2019)

Effect of Fe
3
O
4
Nanoparticles onMixed POPC/DPPCMonolayers at Air-Water Interface

Zhuangwei Xu, Changchun Hao , Bin Xie, and Runguang Sun
Research Article (9 pages), Article ID 5712937, Volume 2019 (2019)

Nonlinear Biomechanical Characteristics of Deep Deformation of Native RBCMembranes in Normal
State and under Modifier Action
Elena Kozlova , Aleksandr Chernysh, Ekaterina Manchenko, Viktoria Sergunova, and Viktor Moroz
Research Article (13 pages), Article ID 1810585, Volume 2018 (2019)

AFM Characterization of the Internal Mammary Artery as a Novel Target for Arterial Stiffening
Zhuo Chang, Paolo Paoletti, Maria Lyck Hansen, Hans Christian Beck, Po-Yu Chen,
Lars Melholt Rasmussen, and Riaz Akhtar
Research Article (10 pages), Article ID 6340425, Volume 2018 (2019)

http://orcid.org/0000-0002-1641-1854
http://orcid.org/0000-0002-1641-1854
http://orcid.org/0000-0002-1780-895X
http://orcid.org/0000-0002-8900-4694
http://orcid.org/0000-0002-1780-895X
http://orcid.org/0000-0002-7963-6874


Editorial
Atomic Force Microscopy: In Sickness and in Health

Stylianos-Vasileios Kontomaris,1,2 Colin Grant,3 Eleni Alexandratou,4

and Andreas Stylianou 5

1Mobile Radio Communications Laboratory, School of Electrical and Computer Engineering, National Technical University
of Athens, Iroon Polytechniou, Athens 15780, Greece
2Athens Metropolitan College, Sorou 74, Marousi 15125, Greece
3Hitachi High-Technologies Europe, Techspace One, Keckwick Lane, Warrington WA4 4AB, UK
4Biomedical Optics and Applied Biophysics Laboratory, School of Electrical and Computer Engineering,
National Technical University of Athens, Iroon Polytechniou, Athens 15780, Greece
5Cancer Biophysics Laboratory, Department of Mechanical and Manufacturing Engineering, University of Cyprus,
Nicosia 2238, Cyprus

Correspondence should be addressed to Andreas Stylianou; stylianou.c.andreas.1@ucy.ac.cy

Received 25 March 2019; Accepted 26 March 2019; Published 14 May 2019

Copyright © 2019 Stylianos-Vasileios Kontomaris et al. This is an open access article distributed under the Creative Commons
Attribution License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original work
is properly cited.

During the last decades, Atomic Force Microscopy (AFM)
has become a powerful tool able to provide quantitative and
qualitative information regarding many pathological issues,
based on the determination of proteins’, cells’, and tissues’
mechanical and topographical properties at the nanoscale.
This special issue is aimed at exhibiting the latest research
achievements, findings, and ideas in the field of AFM
research regarding biological materials and pathological con-
ditions. In order to provide a clear introduction and guideline
to new researchers into this field, A. Stylianou et al. (2019)
offered an overview regarding the basic principles of AFM
and its applications in biology and medicine. The imaging
and nanomechanical characterization abilities were briefly
presented followed by a complete presentation of applica-
tions related to pathological conditions such as osteoarthritis,
Alzheimer’s disease, and cancer. In addition, the ability to
provide useful information regarding proteins and viruses
was discussed. Among the original researches reported in
this special issue, Z. Chang et al. (2019) explored the
nanoscale elastic modulus of the tunica media of the inter-
nal mammary artery (IMA) in hydrated and dehydrated
conditions from the patients with low and high arterial stiff-
ening, as assessed in vivo by carotid-femoral pulse wave

velocity (PWV). Their research was conducted using the
AFM PeakForce quantitative nanomechanical mapping
(QNM) technique and revealed the utility of AFM methods
for arterial stiffening studies.

In addition, E. Kozlova et al. (2019a) used AFM
techniques in order to test the ability of membranes of native
human red blood cells (RBCs) to bend into the cell to a depth
comparable in size with physiological deformations. The
significance of the aforementioned investigation is crucial
since the results of the work can be used in clinical prac-
tice, in assessing the quality of stored donor blood for
transfusion, in biophysical studies of RBC properties. Also,
E. Kozlova et al. (2019b) used AFM to study the nanostruc-
ture of the spectrin matrix of RBCs in response to tempera-
ture changes. Their results can be used as the basis for
understanding how an increase in body temperature can
affect RBC membrane nanostructure, morphology, and,
ultimately, blood rheology.

Furthermore, a significant contribution regarding the
applications of AFM in the drug industry was performed
by Z. Xu et al. (2019) who contributed towards the
clarification of the mechanism of action between Fe3O4
NPs and biological membranes. Their contribution could
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probably have a potential application in designing the
targeted drug liposomes.

In conclusion, the objectives of the special issue have
been reached in terms of advancing the current state of the
art of AFM applications in sickness and in health. Several
basic problems in these areas were well addressed, and most
of the proposed contributions exhibited very promising
results that outperform existing studies in the community.
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Atomic force microscopy (AFM) is an easy-to-use, powerful, high-resolution microscope that allows the user to image any surface
and under any aqueous condition. AFM has been used in the investigation of the structural and mechanical properties of a
wide range of biological matters including biomolecules, biomaterials, cells, and tissues. It provides the capacity to acquire
high-resolution images of biosamples at the nanoscale and allows at readily carrying out mechanical characterization. The
capacity of AFM to image and interact with surfaces, under physiologically relevant conditions, is of great importance for
realistic and accurate medical and pharmaceutical applications. The aim of this paper is to review recent trends of the use of
AFM on biological materials related to health and sickness. First, we present AFM components and its different imaging modes
and we continue with combined imaging and coupled AFM systems. Then, we discuss the use of AFM to nanocharacterize
collagen, the major fibrous protein of the human body, which has been correlated with many pathological conditions. In the
next section, AFM nanolevel surface characterization as a tool to detect possible pathological conditions such as osteoarthritis
and cancer is presented. Finally, we demonstrate the use of AFM for studying other pathological conditions, such as Alzheimer’s
disease and human immunodeficiency virus (HIV), through the investigation of amyloid fibrils and viruses, respectively.
Consequently, AFM stands out as the ideal research instrument for exploring the detection of pathological conditions even at
very early stages, making it very attractive in the area of bio- and nanomedicine.

1. Introduction

Atomic force microscopy (AFM) belongs to the scanning
probe microscopy (SPM) family and was developed follow-
ing on from the scanning tunnelling microscopy (STM),
which was awarded the 1986 Nobel Prize in Physics. AFM
is a SPM that records interactions between a sharp probe
(the AFM tip) at the end of a small cantilever and the sample
surface. Since its invention in the 1980s, it has become a

fundamental technique in the fields of surface science. AFM
has several advantages over the other microscopic tech-
niques, such as scanning and transmission electron micros-
copy (SEM and TEM) and optical microscopy (including
fluorescent and confocal laser scanning microscopy). First
of all, AFM provides quantifiable and accurate surface
height information, down to the Angstrom level—while
other microscopes can give topographical contrast, they can-
not provide three-dimensional topographies. Measurements
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and images captured by AFM can be made in air, aqueous, or
vacuum conditions at a range of temperatures. Plus, the
sample preparations are considerably easier than those used
for TEM. After image acquisition, the AFM user can perform
mechanical/electrical/magnetic property characterization of
sample surface, offering a combination of qualitative and
quantitative information [1]. AFM is characterized as a non-
destructive tool that can operate under different conditions
(air and liquid) since it requires only the basic sample prepa-
ration (e.g., does not require dehydration, labeling with fluo-
rescent dyes or antibodies, or surface coating) [2–5].

AFM was developed in 1986 by Binnig and colleagues [6]
and commercial AFMs began to appear in the early 1990s [7].
Since its invention, it has rapidly become a popular method
for high-resolution nanoscale imaging and mechanical prop-
erty characterization of a broad range of samples, especially
biological materials [3, 8]. The key requirement for AFM
imaging is the probe, a sharp tip mounted on a cantilever
(Figure 1). A huge range of tip shapes and geometries are
commercially available along with a range of cantilever
spring constants (0.001 to 2000N/m) and cantilever coatings
that can allow imaging of delicate soft matter without causing
damage or even make indentations in glass.

1.1. Force versus Distance Curves. In this section, the applied
forces during the interaction between the AFM tip and the
sample’s surface will be presented. These forces are attractive
or repulsive depending on the distance between the AFM tip
and the sample (Figure 2(a)). More specifically, if the above-
mentioned distance is big enough, the resultant force is
attractive (van der Waals force) [9]. On the contrary, for
small distances, the resultant force is repulsive due to the
overlapping of electron orbitals between the tip and sample
[9]. The aforementioned forces can be approximated using
the Lennard–Jones potential (Figure 2(b)) [10]:

V d = 4Vm
dm
d

12
−

dm
d

6
, 1

where V d and d are the intermolecular potential and the
distance between the two atoms or molecules, respectively;
Vm is the well depth (a measure of how much the two parti-
cles attract each other); and dm is the distance at which V = 0.

As it is presented in Figure 2(a), when the distance
between the AFM tip and the sample’s surface is equal to
deq (where deq is the equilibrium distance), the resultant force
on the tip is zero. In addition, in the case that d > deq, the
resultant force is attractive (negative net force, FT = FR −
FA < 0, where FR is the repulsive force, FA the attractive
force, and FT the total force on the tip). On the contrary, in
the case that d < deq, the resultant force is repulsive (positive
net force, FT = FR − FA > 0).

1.2. Applied Forces in the AFM Operation Modes. The catego-
rization of the imaging modes is based on the type of the
applied forces on the sample. More specifically, in the contact
mode, the tip is always in contact with the sample and the
resultant force is repulsive. On the contrary, in the

noncontact mode, the tip is never in contact with the sam-
ple’s surface; thus, the resultant force is attractive. In the tap-
ping mode, the resultant force can be attractive or repulsive
since the tip alternately moves toward to or away from the
sample’s surface. Last but not least, in the force mode (in
which the sample’s mechanical properties must be tested),
the sample is moving toward the tip; hence, the net force is
initially attractive and then repulsive. The selection of an
AFM imaging mode depends on the characteristics of the
sample that must be tested. For example, for a nonbiological
sample, the contact mode is preferable due to the fact that
there is no possibility to cause permanent damage to the sam-
ple. In the case of very soft biological samples, the noncontact
mode seems to be the preferred choice. However, it presents
severe limitations (e.g., it must be applied in a high vacuum
environment) [11, 12], and as a result, the tapping mode is
mostly used for imaging soft biological samples. In
Figure 3, the total force with respect to distance (between
the tip and the sample) is presented. The blue box presents
the range of interaction forces in the contact region, and
the green and grey boxes the range of interaction forces in
the noncontact region and the intermittent region (tapping
mode), respectively.

The AFM instrument itself consists of a laser beam
aligned to the back of a cantilever, which is then reflected
onto a position-sensitive detector (Figure 4(a)). Τhe accurate
movement of the tip over the surface is achieved with piezo-
electric elements in the x, y, z frame. The probe scans over the
sample surface where any changes of the laser spot position
on the detector are recorded and acted upon by feedback
electronics, resulting in the accurate representation of the
sample surface (Figure 4(a)).

One of the unique features of AFM is that once the user
has found a region of interest or interesting feature, the
cantilever tip can be used to apply a user-determined force
on the sample. In AFM force spectroscopy, with careful
calibration of cantilever spring constant, applied forces can
be used to compress the sample, generating a force vs. inden-
tation data. By using the AFM nanoindentation procedure
[13–15], the stiffness/elasticity of the specimen can be
recorded and Young’s modulus maps of the sample’s surface
can be generated [16–20]. Additionally, further research is
ongoing for the improvement of the existing mathematical
models that are used for the acquisition of quantitative data
from AFM modes [21].

Figure 1: AFM tip. SEM images (Hitachi Regulus SU 8230) of an
Olympus AC160 AFM probe, with a measured tip diameter of
9 nm (unpublished data obtained by Colin Grant).
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2. Atomic Force Microscopy: Imaging Modes

Many other microscopes have different kinds of “modes” in
order to extract more information about a surface. For exam-
ple, SEM utilize secondary or backscattered electrons in
order to image and provide information on topography and
chemical composition, respectively. Optical microscopes
can operate in a brightfield, darkfield, polarized, or phase
contrast mode, depending on the optics that are used. Simi-
larly, the AFM can operate in a number of different modes
(Figures 4(b)–4(g)).

In the tapping mode (also known as intermittent mode,
dynamic contact mode, and AC mode), the cantilever is
tuned to its resonant frequency at a measured amplitude
(Figure 4(b)); any changes in the oscillation amplitude are
recorded as the tip scans the surface. Imaging with this
dynamic mode is considered very gentle on sample surfaces,
capable of high resolution, and almost all lateral forces are
eliminated [3, 22].

F

d

deq

Repulsive forces
Attractive forces
Net forces

(a)

deq
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Figure 2: (a) Force-distance curves. Interaction forces versus distance between the tip and the sample’s surface. (b) The Lennard–Jones
potential. If d > deq, the resultant force is attractive, and if d < deq, the resultant force is repulsive. In the case that d= deq, the resultant
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In the contact mode, the tip is always in contact with
the sample surface at a user-determined constant force
(Figure 4(c)). Here, the user can track rougher, stiffer surfaces
better and faster than the tapping mode. Friction mode imag-
ing (Figure 4(d)) is a form of static mode (contact mode).
This mode is appropriate for measuring the friction of a sur-
face as the side to side twisting of the cantilever by a torque,
measured as the probe raster scans along the surface. In the
frictional force mode, here, the torsional changes (frictional
features) in the photodetector are recorded simultaneously
with the vertical changes (topographic features). Most AFM
users will use this to gain qualitative frictional contrast of
their surfaces; however, with appropriate calibration of the
lateral cantilever spring constant [23], a surface frictional
coefficient can be calculated.

During the tapping mode, simultaneously with topogra-
phy images, phase images can be acquired [7]. In phase
imaging, the system monitors the phase lag between the
signal that drives the cantilever oscillation and its output
signal (Figure 4(e)). Phase images can be used for assessing
variations in composition, adhesion, and viscoelastic proper-
ties of surfaces [20, 24].

Other tapping mode-based characterizations include the
Kelvin probe (Figure 4(f)) and magnetic mode (Figure 4(g)).
Kelvin force microscopy (KFM) is one among a number of
electrical characterizations that AFM can carry out. In this
technique, a contact potential difference is measured between
a conductive AFM probe and the sample of interest. This
contact potential difference is negated by the application of
a direct external bias of the same magnitude; which is then
equal to the difference in work function between the tip
and sample [25]. Magnetic imaging mode can image mag-
netic domain structures of a surface when a magnetic-
coated cantilever scans the surface [26]. Here, the oscillating
probe first scans the surface to get topographical features, but
then, the probe elevates off the surface by a small distance
and the attraction/repulsion is recorded.

AFM can also operate in a noncontact mode where the
AFM tip does not touch at all the sample surface [27],
but this mode is not frequently used for biological sample
characterization.

In the mechanical mapping mode, the AFM measures
the sample stiffness, in terms of Young’s modulus values,
through the nanoindentation technique. In AFM nanoinden-
tation, the AFM collects indentation-force curves on the
sample of interest while these curves are fitted using linear-
elastic contact mechanical models, such as the Hertz model,
in order to estimate Young’s modulus [7]. It should be noted
that the selection of the contact mechanics models to trans-
form force-indentation curves into elastic moduli is the most
fundamental and longstanding issue [28]. Modulus maps
can then be formed by indenting in an organized array over
a surface [16]. This technique can be very slow, as for exam-
ple, a 64 × 64-pixel modulus map, with one indentation per
second would take over an hour. Most AFM manufacturers
have developed fast force mapping modes to speed up this
procedure where indents are taken at kHz magnitude, mean-
ing a 512 × 512 mechanical map can be taken in minutes.
However, at this level of loading rate, the modulus results

lack accuracy when indenting viscoelastic time-dependent
materials. Further, the tip radius, which is vitally important
for the modulus calculation, will be increasing during the
imaging procedure.

To avoid this tip blunting effect during nanoindentation
mapping, newmechanical imaging techniques have emerged.
Contact resonance is a very useful mechanical mapping tech-
nique for materials ranging between 50MPa and 200GPa
and consists of oscillating the samples, while undertaking a
contact mode image. To date, this technique has been used
only in few biological materials (for instance, for bone mate-
rial [29]) although this technique does work well in air or
under aqueous conditions [30].

In the multifrequency, AFM employs the detection of
multiple cantilever frequencies (higher harmonics and/or
higher flexural eigenmodes) which provides information
concerning the tip-sample nonlinearity [31, 32]. Multihar-
monic mode uses alterations in the amplitude, the phase of
the oscillator, and other relevant harmonics in order to pro-
vide quantitative local property maps [30, 33]. Multiharmo-
nic, like bimodal AFM which requires the simultaneous
excitation of the first two eigenmodes of the cantilever,
enables the simultaneous mapping of Young’s modulus
and the deformation and the topography of the sample
[34]. As a result, these modes can be used for investigating
complex cellular and biomolecular systems, in health and
disease, and offering a detailed quantitative multiparametric
characterization [35].

Viscoelastic mapping is another very novel mode that
has its roots in research on multifrequency and bimodal
AFM. This technique is a dynamic force-based mode that
provides both imaging of the topography and maps of nano-
mechanical properties of soft-matter surfaces [36, 37]. Here,
the cantilever is oscillated at two eigenmode frequencies—
the first mode records the surface features and loss tangent
data (amplitude modulation AM), while the second mode
records frequency variations (frequency modulation FM)
which relates to stiffness. AM-FM offers nanomechanical
information of the specimen such as Young’s modulus and
contact stiffness [38] and has several advantages including
fast scanning, high spatial resolution, and low forces
applied to the sample. Although these modes are quite
new, they have been used for investigating several biologi-
cal samples, including proteins; small biological fibrils, like
amyloid fibrils; lipid membranes; and viruses [39–42].
Also, it has been demonstrated that malign and benign cell
lines present significant differences in their viscoelastic
response [43].

3. Combined Imaging and Coupled AFM
Systems and Their Applications

3.1. General. Although AFM presents high sensitivity and
resolution on imaging and investigating biological samples
at the nanoscale, it can lack other important information such
as cellular components and biochemical functions [4, 44].

For example, optical microscopic imaging, especially
using fluorescence, is another high-performance research tool
that can provide complementary information. Fluorescence
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imaging can reveal the localization and quantify intracellular
molecules and functions even at the level of a single molecule.
Using specific fluorescence labelling, images of molecular
mechanisms of biological functions can be acquired with high
temporal resolution. Also, due to fluorescence intrinsic sensi-
tivity to local microenvironment, valuable information on
molecular specificities of cell structure can be obtained. How-
ever, as fluorescence imaging spatial resolution is limited by
diffraction, its combination with AFM can produce images
and provide us with information with high spatiotemporal
resolution and biochemical specificity.

Generally, the combination of AFM with other micro-
scopic imaging modalities can produce high-quality scientific
information that cannot be achieved by using just one
microscope.

3.2. AFM and Optical Microscopic Imaging. Optical micro-
scopic techniques are often used in order to gain access to
complementary information to AFM studies [45–47]. Using
microscopies that utilize light in order to acquire images,
such as simple optical, fluorescent, and laser scanning confo-
calmicroscope (CLSM), valuable information can be obtained

concerning cellular process and interactions. Fluorescence
microscopy incorporates fluorescent probes that either are
accumulated in cellular components or are highly sensitive
to environmental changes such as alterations of calcium ions
and hydrogen ions. Because of its intrinsic sensitivity, fluores-
cence microscopy can image even a single fluorescent mole-
cule if the background is not fluorescent [48].

CLSM uses a pinhole approach to spatially limit out-of-
focus light or glare from reaching the image detector. In that
way, only the image of the focal plane is acquired providing
better spatial resolution not only in x-y plane but also across
the z-axis [49, 50]. Furthermore, by incorporating machine
vision techniques and with the appropriate calibration, not
only qualitative but also quantitative data are obtained [51].

In recent years, an increase in the number of studies that
combine AFM with optical microscopic techniques has been
published. The combination of the two modalities can pro-
vide unique information from a single cell (Figure 5) to a tis-
sue level. Staunton et al. have developed a novel technique
that combines AFM with a confocal microscope in order to
explore the mechanical properties of soft heterogeneous
three-dimensional samples [52]. They used metastatic breast

Fluorescent

Fluorescent

(a)

(b) (c)

(d)

AFM

Merged

Figure 5: Combination of AFM with fluorescent microscopy: (a) MCF-7 breast cancer cells imaged with fluorescent microscopy (the blue
color corresponds to DAPI staining that stains the cell nucleus and the green color represents antivasodilator-stimulated phosphoprotein
(VASP) antibody. VASP is an actin-polymerization regulator which interacts with cell-ECM adhesion protein Migfilin and regulates cell
migration [237]), (b) fluorescent image of three MCF-7 cells, (c) AFM image of the same cells, and (d) merged fluorescent and AFM
images (unpublished data obtained by Andreas Stylianou in Cancer Biophysics Laboratory with an Olympus BX53 fluorescent microscope
equipment, an Olympus XM10 monochrome CCD camera (1.4 megapixels), an UPlanFL N microscope objective lenses (40x/0.75 and
100x/1.30 oil), and a Molecular Imaging-Agilent PicoPlus AFM system (now known as 5500 AFM, Keysight Technologies)).
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adenocarcinoma cells invading into collagen hydrogels,
determining the elastic properties of both the cell and the
extracellular matrix. Cells that are actively invading or fully
embedded into the collagen matrix were found to be stiffer
than cells lying on the matrix surface. This stiffening is Rho-
associated protein kinase (ROCK) dependent, indicating that
actomyosin contractility is a key player in the first phase of
metastasis. On softer gels, enhanced invasion was observed
either due to matrix softening by invading cells as a result of
active rearrangement or proteolysis of adjacent fibers or
because intrinsically softer tissues are preferable for invasion.

Stylianou et al. combined information from AFM with an
optical and fluorescent microscope to study the tumor micro-
environment such as fibroblasts (FBs) and cancer-associated
fibroblasts (CAFs) [53]. In pancreatic tumors, treatment is
reported to be blocked by desmoplasia, a cancer-specific type
of fibrosis. Desmoplasia is a result of the interaction between
stromal cells and tumor microenvironment. According to
their results, CAFs express myofibroblast characteristics, such
as α-smooth muscle actin expression, cell elongation, and
lamellipodia formation, and are softer than FBs. Transforming
growth factor beta (TGF-β) increases cell stiffness (Young’s
modulus) of both types of fibroblasts and elongation, cell
spreading, lamellipodia formation, and spheroid invasion only
in CAFs. In another study, Cazaux et al. have used AFM to
mechanically stimulate, in a controlled manner over time
and space, single immune cells and fluorescence imaging to
follow the consequences of the contact through calcium fluo-
rescent probes [54]. But they have also used light through a
photoactivatable small G protein, Rac protein, to stimulate
single T cell while recording cellular mechanical response.
Canale et al. presented a review article trying to reveal the toxic
interplay between lipid membranes and pathological protein
aggregation in neurodegenerative disorders such as Alzhei-
mer’s and Parkinson’s disease based on AFM studies [55]. In
the study of Wegmann et al., neuroblastoma cells (N2a) and
scrapie-infected mouse neuroblastoma (ScN2a) cells were
studied with both AFM and immunofluorescence microscopy
[56]. AFM imaging revealed a smooth surface topography of
normal cells while scrapie-infected cells presented fibrillar
aggregates on their surface. Immunofluorescence imaging,
using a cellular prion protein (PrP) antibody (anti-PrP),
revealed that PrP is homogeneously distributed in normal
cells while it tended to segregate in preferential domains in
ScN2a cells. Combining surface and fluorescence informa-
tion, the authors concluded that the aggregated signal in
SCNa2 cells is due to the structural changes at the cell surface.
Finally, Kuyukina et al. using a hybrid imaging microscope,
consisted of AFM and CLSM, studied bacterial viability at a
single-cell level [57]. Fluorescent microscopy revealed that
bacteria had compromised cell membranes when they were
exposed to different organic solvent stresses. Combined
information showed that changes in size, surface/volume
ratio, and roughness were possible resistance mechanisms.

3.3. AFM and Second Harmonic Generation (SHG) Imaging.
Except for fluorescence imaging, very promising microscopic
modalities for biological imaging are based on nonlinear
optics. These microscopic techniques can provide high-

resolution, three-dimensional images without the use of fluo-
rescent labelling. In that way, structural and dynamic images
of living cells are acquired in a noninvasive manner. Among
them, second harmonic generation (SHG) has been used in
combination with AFM for investigation of biological sam-
ples. SHG occurs when two photons of the frequency ω inter-
act with a nonlinear medium and are converted into a new
photon with twice the energy (2ω). As a nonlinear process,
only noncentrosymmetric structures such as collagen are
able to emit SHG signals [58]. Stylianou et al. proposed the
combined AFM and SHG information as a valuable tool to
understand the nonlinear optical properties of collagen and
in the long-term SHG to be used as a nondestructive imaging
modality to monitor collagen-related diseases [59]. They
have developed thin collagen films with controlled charac-
teristics that can help in modelling the collagen matrix in
a variety of pathological conditions such as thermal injury
or mimic the structure of the collagen matrix in different
tissues and conditions. AFMwas used for thin film character-
ization while the SHG signal was correlated and interpreted
with the predetermined characteristics of the films. Navab
et al. investigated integrin α11β1, a stromal cell-specific
receptor for fibrillar collagens that is overexpressed in CAFs,
as a regulator of cancer stromal stiffness and promoter of
tumorigenesis and metastasis in non-small-cell lung cancer
[60]. Images acquired with SHG signals provided informa-
tion on the quantification of collagen organization while
AFM provided measurements of Young’s modulus of the
cancer-associated stroma. Their findings showed that the
α11 signaling pathway in CAFs is closely related with colla-
gen cross-linking, with stiffness and with organization of
fibrillar collagen matrices. In another study, Robinson et al.
performed a quantitative analysis of 3D extracellular matrix
(ECM) remodelling that is involved in a large number of
physiopathological processes in biology [61]. Pancreatic
stellate cell interactions with ECM were studied in a 3D
environment via ECM remodelling. AFM studies provided
collagen topography, mechanical properties, and stiffness,
while SHG microscopy in combination with image analysis
techniques was used to observe and acquire images of col-
lagen structure and topology and to further quantify collagen
fiber changes in terms of alignment and thickness. Their
results demonstrated that the increased ECM stiffness
observed in fibrosis can be correlated with ECM remodelling.
Also, Chevalier et al. worked with enteric neural crest cells
(ENCCs) in vitro and during colonization of the gastrointes-
tinal tract in chicken and mouse embryos [62]. They used
AFM to study the influence of the stiffness of the environ-
ment on ENCCs both in vitro and in vivo and SHG to study
its structure. The AFM results revealed that although initially
the mesenchyme of the gut was soft, its stiffness was gradu-
ally increased during ENCC colonization. Complementary
to these findings, SHG showed a gradual organization and
enrichment of collagen fibers in the developing gut that are
associated with the abovementioned stiffness. Furthermore,
Liu et al. suggested the use of a cell-based system to generate
a mechanoresponsive cell system (MRCS) that responds
specifically to mechanoenvironmental cues to sense and kill
cancer metastasis [63]. SHG imaging reported high collagen
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expression colocalized with cancer metastasis. Collagen net-
works were observed to be more linearized in cancer regions
than in noncancer ones. AFM revealed an increased stiffness
in cancer regions that are heterogeneous. Combination of
AFM and SHG findings suggest a strong correlation between
collagen cross-linking and increased tissue stiffness at the
metastatic sites indicating the presence of a distinctive cancer
mechanoenvironment.

3.4. AFM and Scanning Electron Microscopy (SEM) Imaging.
AFM and SEM are two of the most commonly used nonopti-
cal scanning microscopes that can provide us with surface
imaging and characterization with high resolution. SEM has
an excellent depth of field while AFM has poor depth of field,
but excellent contrast on flat samples. SEM is able to measure
the chemical composition of surface features, and AFM can
measure its physical properties. If only image acquisition
time is taken into account, SEM is faster than AFM but it
produces 2D images while AFM can provide us directly with
sample height information.

In most of the correlative microscopy research, more
detailed information can be obtained by exploiting the
advantages of both SEM and AFM [64–66]. For example,
Mahmoud et al. performed a comparative study between
AFM and SEM on healthy human liver parenchyma [65].
Hepatic architecture was mapped using both imaging modal-
ities. AFM visualized the cellular structure, nucleus, and
chromatin granules whereas SEM revealed other structures
not observed by AFM. Pavlova et al. used both AFM and
SEM to highlight their diagnostic and screening capabilities
in kidney cancer based on pathomorphological changes in
patient’s erythrocytes [66]. Kaul-Ghanekar et al. on another
combined study investigated the cellular morphology along
with surface roughness [67]. They explored the effect of the
tumor suppressor protein SMAR1 on cell lines and on tumor
sections of mouse and human breast cancer of different
grades. SMAR1 was found out to be a significant modulator
of surface roughness and cytoskeletal volume. Finally, they
suggested that SMAR1 might be used as a phenotypic differ-
entiation marker between healthy and cancer cells. Also, Iyer
et al. found, using combined AFM and SEM, different brush
layers on the surface of normal and cancerous human cervi-
cal epithelial cells [68]. These brush layers are important for
interacting with the environment and can be taken into
account in characterization of cancer cells by means of forces
and mechanical parameters. In another study, Volakis et al.
used a mouse xenograft model to study the effect of myofer-
lin, a protein involved in membrane dynamics, on tumor
formation and local invasion [69]. SEM along with image
analysis quantified cell surface area, as well as the number
and length of lamellipodia and filopodia. AFM was used to
image and determine Young’smodulus, ameasure of cell stiff-
ness that was found to be reduced in myoferlin-deficient cells
and the integrity of the cytoskeletal network.

4. AFM and Collagen

4.1. General. As it was mentioned in the previous sections,
AFM provides the ability to acquire topographic images at

the nanoscale combined to the mechanical property determi-
nation at specific regions. Hence, the topographical fea-
tures of surfaces can be simultaneously acquired with its
material stiffness. Novel AFM techniques, like bimodal
AFM, have increased the nanoscale characterization capabil-
ities of AFM to detect compositional variations in soft speci-
mens, like proteins and cells [34]. Due to its high resolution,
AFM has been widely used for the characterization of bio-
molecules such as fibrous and globular proteins. The main
role of fibrous proteins is to provide mechanical stability
[70]. Typical examples of fibrous proteins are the collagen
and the amyloid fibrils, which are discussed in the next sec-
tions of this review.

AFM has been also extensively used for the mechanical
characterization of globular proteins (i.e., proteins with a
spherical shape and surface irregularities). Globular proteins
present structural complexity [70], and its mechanical testing
is a challenging procedure. Specifically, the classic models of
applied mechanics, such as the Hertz model, provide several
limitations in the analysis; thus, they can only be used
approximately. Typical examples of globular proteins studied
using AFM are the lysozyme, the bovine carbonic anhydrase
II, and the lactate oxidase. In particular, Radmacher et al.
investigated the viscoelastic properties of single lysozyme
molecules (absorbed on mica). For the theoretical analysis
of the results, they used the Hertz model and Young’s modu-
lus of lysozyme was determined to be equal to 0.5GPa [71].
In addition, for the investigation of the mechanical properties
of bovine carbonic anhydrase II (BCA II), the modification
of the Hertz model (which was proposed by Tatara [72])
was used. In the absence of Guanidine-HCl, Young’s mod-
ulus of the native protein was determined to be equal to
75MPa [73]. The mechanical properties of lactate oxidase
(which has applications in bioanalytical devices for lactate
determination) were determined by analyzing the fitted
data obtained from the force curves (provided by AFM)
to the Hertz model for conical and spherical indenter
geometries. Young’s modulus values in the case of lactate
oxidase were calculated in the range 0.5-0.8GPa [74].

4.2. Collagen. Collagens are the most abundant proteins in
mammals and comprise almost the 30% of total cell protein
in mammalian cells [75]. The collagen superfamily of verte-
brate consists of more than 50 collagen and collagen-like pro-
teins [76, 77]. The different members of the collagen
superfamily have different shapes and sizes but the hallmark
of a collagen is its monomer tropocollagen, which is composed
of 3 polypeptide chains that form a right-handed triple-helical
structure [76]. Each of these polypeptide chains contains a
region with the repeating amino acid motif (Gly-X-Y), where
X and Y can be any amino acid—12% of tripeptides have
sequence Gly-Pro-Hyp; charged residues like arginine, lysine,
and aspartic/glutamic acid make up approximately 15-20%
of all residues in the monomer [78, 79].

The human body contains about 28 different collagens,
among which fibrillar collagens and especially collagen type
I are of most interest [76, 80]. Collagen type I is the major
protein in the extracellular matrix [75], and it is characterized
by unique properties such as self-assembly, biocompatibility,
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biodegradability, and nontoxicity [81]. Collagen type I
molecules form rod-shaped triple helices assembled to form
fibrils [77, 82], which are then properly aligned in order to
form bundles and fibers [77, 82] (Figure 6(a)). Interest-
ingly, the molecules are packed in a quarter-staggered
fashion so as to form the D-band (also known as D-peri-
odicity), which is a repeating banding pattern of about
67nm (Figure 6(b)), depending on the tissue [75, 76, 83–86].
The fibrils of collagen type I are the elementary building
blocks in many collagen-rich tissues [87, 88], while it pre-
sents different morphological functions (including tissue
mechanical strength and scaffolding to cell migration) in
different tissues [75, 77, 89]. Furthermore, collagen has
been identified as a unique biomaterial for the formation
of novel bioengineering interventions [75, 90–92]. AFM
characterization (imaging and mechanical property mea-
surements) has been extensively performed in pure collagen
or collagen rich-tissues as AFM does not destroy the fibrillary
structure of collagen and can offer information from collagen
molecules to separated fibrils/fibers [81, 93]. AFM has
been used for investigating a number of different issues con-
cerning collagen, from collagen structure to collagen-related
pathological conditions and collagen optical radiation or
cell interactions.

The structural and the mechanical properties of collagen
at the nanoscale under various conditions have been exten-
sively studied using AFM [5, 22, 90, 94]. The major advan-
tage of AFM in collagen investigation comparing to other
techniques is its ability to provide information regarding
nanotopographical features such as the D-band periodicity
(the collagen fibril consists of an alternating gap and overlap-
ping regions with a highly reproducible D-band periodicity
of approximately 67 nm) [17]. Simultaneously, AFM can
provide data regarding the mechanical response of selected
regions at the nanoscale. Hence, AFM is a suitable tool for

the detection of local structural and mechanical varia-
tions of a single collagen fibril, under several external factors
[11, 95]. The unique ability to combine information regard-
ing nanotopographical and nanomechanical features using
AFM in real time has led to groundbreaking solutions for
the investigation of collagen [84, 96].

Thus, AFM has been used in several investigation areas
related to tissues which contain collagen and has been proven
a valuable tool in the field of histology and cytology [97]. Fur-
thermore, AFM has been used for the investigation of colla-
gen fibril structural variations at the nanoscale which are
related to various pathological issues such as diabetes [98].
In addition, AFM has been increasingly used in the investiga-
tion regarding the influence of radiations arising either from
nature or from medical activities (e.g., UV irradiation, radio-
frequencies) on tissues which contain collagen [99, 100]. For
example, the influence of UV irradiation on collagen at the
nanoscale is a crucial issue regarding the general populations’
health, due the chronic exposure of human skin in sunlight.
As a result, the information provided at the nanoscale using
AFM techniques has opened new insights into collagen
research and the correlation of collagen nanofeature alter-
ations with pathological situations.

4.2.1. Collagen-Ultraviolet (UV) Radiation Interactions.
The clarification of the interactions of skin with sunlight is
of crucial importance since it is an intrinsic constituent of
human life [101]. Solar radiation is made up of infrared, vis-
ible, and ultraviolet (UV-C, UV-B, and UV-A) radiation and
exposure of the human body (i.e., skin, eyes) to sun and
especially to UV can be harmful and lead to sunburn,
photoaging, corneal damage, and carcinogenesis [102, 103].
Additionally, UV irradiation is applied for material science
purposes, including for sterilizing and cross-linking biomate-
rials [104–106]. As UV can induce a number of alterations
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(length=300 nm, diameter = 1.6 nm)
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Figure 6: Collagen structure: (a) the collagen structure from the amino acid sequence to fibril. In this panel, the amino acid sequence, the
collagen molecule, the packing of collagen molecules, and the structure of a collagen fibril are presented. (b) A collagen fiber D-band
periodicity from a collagen thin film imaged using atomic force microscope (CPII Veeco-Bruker Microscope) in the tapping mode
(adapted from [90]).
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in collagen properties, including structure, chemical stabil-
ity, and mechanical properties [107–111], AFM techniques
have been extensively used for investigating UV-collagen
interactions.

It has been shown that the irradiation of pure collagen
with UV-C decreases the surface roughness [112–114], which
is a crucial parameter in cell-surface crosstalk [115, 116] as
modification in roughness alters the surface that is available
for cell adhesion and growth [117]. The decrease of surface
roughness due to UV irradiation has been demonstrated
not only in pure collagen samples but also in collagen-based
blends, including collagen-poly-vinyl alcohol, collagen-
poly-vinyl pyrrolidone, and collagen-poly(e-caprolactone)
[112, 118, 119]. Although surface roughness was modified
throughUV-C irradiation, it has been shown that for the same
dose, collagen fibrils retained their characteristic D-band
structure [114]. The D-band periodicity is important for the
fibril mechanical properties and the cell-collagen crosstalk,
while it has been correlated with specific pathological condi-
tions [84, 86, 120, 121]. Furthermore, AFM nanoindentation
was used in order to investigate the effects of UV irradiation
on the gap and overlapping zones of collagen D-band [17].
It was found that UV irradiation has a significant effect on
the height level differences between the overlapping and gap
zones, while the fibril stiffness (in terms of Young’s modulus)
in the D-band zone was reduced, which was associated with
the UV-induced polypeptide chain scission. Moreover, it has
been demonstrated that cells’ behavior is affected when cells
are cultured on UV-irradiated collagen-based substrates
[114, 122, 123]. It has been shown that cells can normally
spread on collagen-based substrates that were UV-irradiated
with doses relevant to those that are used for sterilizing
scope cells, but when the irradiation time was increased,
the cells were characterized by abnormal growth (in terms
or cell shape) [114]. In addition, it has been demonstrated
that in some cases, UV irradiation of collagen supported
cell growth and enhanced cell viability [111, 122, 123]. As
AFM studies did not reveal significant modifications in
topography when collagen is irradiated with low UV doses,
the alterations in cell behavior have been suggested to be a
consequence of either mechanical property alterations
and/or chain scission [100, 124].

4.2.2. Low-Level Laser (LLL) Therapy Collagen Interactions.
Low-level laser therapy (LLLT), or photobiomodulation
[125], applies low-level (also referred and as low-power)
lasers for the treatment of several pathological conditions
or abnormalities, including fibromyalgia, osteoarthritis,
tuberculosis, temporomandibular joint disorders, and wound
healing that presents increased interest. In the case of wound
healing, it has been suggested that the underling mechanism,
which remains partially unknown, includes the increase
of mitochondrial function, ATP, RNA, and protein synthesis
[126]. Subsequently, these lead to increased oxygen con-
sumption and enhanced synthesis of the reduced form of
nicotinamide adenine dinucleotide (NADH) and ATP. As a
result, a promotion of the cellular metabolism was observed
along with enhanced wound healing mainly through the
increase proliferation of fibroblasts and their ability to

produce collagen. Although the collagen role in the progress
has been identified, the LLL-collagen interactions remain
partially understood. Stylianou and Yova in 2015 used
AFM techniques in order to investigate the effects that LLL
(irradiation in the red region, 661nm) has on collagen
and the influence on cell culturing [127]. After LLLT irradi-
ation, no statistical significant alterations were found in the
nanoscale topographical characteristics of the collagen sub-
strates (collagen thin films), but a negative effect (abnormal
cell shape) was found on the fibroblasts that were cultured
on the irradiated collagen substrates. As the modulation of
fibroblast shape and behavior was recorded in the absence
of measurable surface alterations, it was suggested that these
effects are not influenced by the surface properties of the
substrate through the surface contact guidance mechanism
[128, 129]. These results offer new insights toward the clar-
ification of the LLLT mechanism and the role of collagen
in this procedure.

4.2.3. Nanomechanical Properties of Collagen. Extended stud-
ies focused on collagen using AFM techniques have been per-
formed during the last decades due to the fact that many
parts of the mammalian body contain collagen in the form
of fibers (e.g., the skin, bones, cartilage, and tendons contain
collagen fibers). Typical measurements of collagen fibers
have been performed by Minary-Jolandan and Yu [11].
In their research, the mechanical differences on collagen
fibrils due to the D-band periodicity were revealed (Young’s
modulus values were calculated to be ~1.2GPa for the gap
and ~2.2GPa for the overlapping regions). The mechanical
heterogeneity due to the D-periodicity was also confirmed
by Kontomaris et al. [17]. Mechanical differences in the peri-
odic banding of collagen from a rat tail tendon was also
reported by Grant et al. [84]. However, Grant et al. took both
a static and dynamic indentation approach to show that
the topography had variances not only in elastic moduli
but also in the time-dependent behavior at physiologically
relevant frequencies (0.1-2Hz). In addition, Strasser et al.
determined Young’s modulus of collagen fibril type I in the
range 1 2 ± 1 GPa [130] and Yadavalli et al. in the range
1 03 ± 0 31 GPa [131]. In the same order of magnitude
were the results presented in the research conducted by
Heim et al. (i.e., Young’s modulus values varied in the range
1-2GPa) [132]. On the contrary, the results provided by
Wenger et al. differ greatly comparing to the previous
values (5-11.5GPa) [133]. As mentioned, the key advantage
of AFM is to carry out imaging and characterization under
aqueous conditions, so it was shown that the nanomechan-
cial properties of bovine Achilles tendon collagen fibrils
changed by three orders of magnitude (1 9 ± 0 5 GPa to
1 2 ± 0 1 MPa) when going from ambient to buffer condi-
tions [134]. Further, it was shown that reconstituted bovine
Achilles tendon collagen can be mechanically tuned by alter-
ing the imaging buffer [78]. It was also shown that in imaging
the same fibrils in air and under buffer, the diameter doubled
in size. Then, the mechanical properties of collagen approxi-
mately doubled with addition of 1M monovalent chloride
salts, further increased by reducing the pH, and increased
by a factor of 100 by testing under 100% ethanol [78]. Most
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AFM studies test the compressive mechanical properties by
nanoindentation; however, it is possible to carry out tensile
testing on collagen fibrils [135]. Here, it was also shown that
human collagen fibrils have reduced sensitivity to saline and
pH compared to reconstituted collagen fibrils. As well as
varying the aqueous conditions, the effect of temperature
has also been carried out—nanomechanical properties of
the same individual collagen fibril varied from 4.5MPa at
1°C to 1.6MPa at 37°C (Figure 7). This demonstrates the
importance of carrying out nanomechanical property charac-
terization of a biological matter under the most relevant
physiological condition.

However, the determination of mechanical properties at
the nanoscale is a challenging procedure. It is obvious from
the results presented above that the extended range of values
on Young’s modulus values, even on the same sample, has
been recorded (e.g., see the wide range of Young’s modulus
values regarding collagen in Table 1). The basic reasons for
the wide range of Young’s modulus values (even when the
same sample is tested) are as follows:

(a) The restrictions which are provided by the classic
models of applied mechanics, commonly used for
the analysis of the data obtained using AFM

(b) The uncertainties in the experimental determination
of critical magnitudes such as the spring’s constant
determination and the exact shape and dimensions
of the AFM tip

(c) Different used protocols for the sample preparation
(e.g., testing in air or in liquid environment)

An analytical discussion of the approximations regarding
the AFM indentation technique on biological samples is pre-
sented in “Approximations of the AFM Nanoindentation
regarding Biological Samples and Biomaterials at the Nano-
scale” in Supplementary Materials (available here).

4.2.4. Collagen in Tissue Samples. As previously discussed,
collagen is the most abundant protein in the human body
and is found in most tissues that requires some form of bio-
mechanical structure/strength. AFM analysis can be carried

out to both image not only the collagenous structure of the
tissue but also the nanomechanical properties. The sclera
(white of the eye) has been investigated to show that the
mechanical properties vary considerably on removing the
episcleral layer to reveal the collagenous stromal layer
[136]. The skin has the remarkable regenerative capacity to
be able to heal itself in a complex cascade of biochemical
and cellular remodeling processes. It was recently shown that
the nanomechanical and viscoelastic properties of the upper
dermis from the human skin change following wound heal-
ing [96]. Imaging revealed a variance in the orientation of
collagen fibrils in scar tissue compared with health skin tis-
sue, but also the scar tissue is stiffer than healthy tissue and
also healthy tissue retains a higher dissipative characteriza-
tion [96]. Similar dynamic/static nanoindentation was also
carried out on porcine blood vessels [137]. The outer layer
of the blood vessels (tunica adventitia) is a collagen layer that
helps prevent overexpansion. Here, the adventitial layer of
the porcine aorta vs. pulmonary arteries was compared,
under aqueous conditions at 37°C. It was demonstrated that
the aorta exhibited larger viscoelastic and dissipative charac-
teristics, which makes sense as the aorta is under higher
pressure compared with the pulmonary artery [137].

5. AFM and Specific Pathological Conditions

5.1. Articular Cartilage and Osteoarthritis

5.1.1. Cartilage. Articular cartilage is a connective tissue,
which provides wear-resistant joint motion and low friction.
It covers the ends of long bones and its thickness is in the
range 1–3mm. The main function of articular cartilage is to
absorb and distribute the applied loads due to the joint move-
ments. In addition, it provides protection to subchondral
bone from damage. The functionality of articular cartilage
is engendered by its collagen fiber meshwork and extrafibril-
lar proteoglycan-rich matrix which is highly hydrated [138].
Loss of collagens or proteoglycans or structural changes may
lead to a water content change and is a result to several
damages to the tissue. As it has been previously reported, a
loss of proteoglycans from the hydrated gel which is followed
by an irreversible collagenolytic degradation of the fibrils
results in damages regarding the collagen meshwork and as
a result to the development of osteoarthritic cartilage [139].

Various methods are able to provide direct in vitro
observation of cartilage under physiological conditions.
Typical examples are the optical microscopy [140, 141],
visual inspection, and histology [142, 143]. However, these
methods are limited to a spatial resolution of approximately
200 nm. In addition, in the case of electron microscopy, ultra-
structural details of articular cartilage at a molecular level can
be provided, but the procedure requires dehydration and
chemical fixation of the cartilage combined with metal stain-
ing or sputtering. Thus, the cartilage specimen cannot be
examined at near physiological conditions. Moreover, optical
and electron microscopy cannot provide measurements of
the mechanical properties of articular cartilage.

Τhe most direct method for stiffness measurements is the
classic compression testing. However, the compression test
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Figure 7: Moduli of a single individual collagen fibril at varying
temperatures in PBS buffer (Colin Grant; unpublished data).
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requires sample manipulation (e.g., the sample’s surfaces
have to be highly parallel and the cartilage has to be cut
off the bone). On the other hand, macroindentation proce-
dure does not require sample manipulation; hence, typical
indentation testing devices can be used to evaluate the
quality of the health or the disease state of articular cartilage
[144–146]. These devices usually employ indenters with
diameters in the range 1-2mm in order to evaluate the corre-
spondence of the sample to a specific applied load. However,
stiffness measurements at the millimeter scale are not
sensitive to detect pathological conditions (e.g., early-stage
osteoarthritis) or changes due to aging [144, 146, 147].

5.1.2. Osteoarthritis. As it was already mentioned, various
methods have been used for the determination of cartilage’s
pathological conditions; however, they are limited to specific
conditions (e.g., measurements at the microscale or measure-
ments at nonphysiological conditions) or they provide only
specific information (e.g., imaging or mechanical properties).
On the contrary, AFM provides the possibility of simulta-
neous imaging and mechanical property measurements
(i.e., Young’s modulus maps) on a micro- or nanometer scale
in specimens that are near physiological conditions. Articular
cartilage presents an interesting behavior depending on the
level that is being tested. This interesting behavior has been
revealed using AFM. In particular, at the micrometer scale,
it behaves as a uniform and non-structured material. Hence,
at the microscale, it presents an overall stiffness value which
can be used as an initial approximation in order to evaluate
its properties. In addition, it must be noted that cartilage
can be modeled as a poroviscoelastic material; hence, the
overall stiffness measurements provide an aggregate modu-
lus, both viscous and elastic. As it has been previously
reported, the aggregate modulus ranges between the values
1MPa and 60MPa depending on the loading conditions
(~1MPa for low-frequency conditions (<0.1Hz) and
~60MPa for high-frequency loading (~40Hz)).

Moreover, Young’s modulus at specific regions of articu-
lar cartilage at the microscale or at the nanoscale can be
calculated using AFM. As it has been previously reported,
the elastic modulus of the articular cartilage intercellular
matrix exhibits a depth-dependent increase. Specifically,
Young’s modulus value at the superficial zone is approxi-
mately 0.52MPa and at the calcifying deep zone ~1.69MPa
[148, 149]. The major advantage of AFM comparing to tradi-
tional methods is that is able to provide information regard-
ing the functionality of articular cartilage. Thus, using AFM,
diseases such as osteoarthritis can be detected at the initial

stages. AFM has been used by many researchers as a tool
for the diagnosis of cartilage’s pathological conditions at
early stages [14, 15, 150]. In particular, Stolz et al. [15] calcu-
lated Young’s modulus of normal articular cartilage at the
microscale (2.6MPa) and nanoscale (0.021MPa). The results
of Loparic et al. are in the same order of magnitude. The
microstiffness of articular cartilage was determined to be
1 3 ± 0 4 MPa and the nanostiffness 22 3 ± 1 5 kPa for carti-
lage’s the proteoglycan gel (PG gel) and 184 ± 50 kPa for the
collagen meshwork [150]. Stolz et al. investigated osteoar-
thritis at early stages and proved that microstiffness of artic-
ular cartilage does not present differences comparing to
healthy cartilage. Hence, osteoarthritis at the early stages
can be only detected at the nanoscale. In particular, at the
nanoscale, nanostiffness was calculated to be 83 kPa in the
case of normal cartilage and 5.6 kPa in the case of grade 3
osteoarthritis [14]. Hence, these findings proved the ability
to detect early stages of osteoarthritis using AFM and have
opened a new prospect for the use of AFM as a clinical tool.
In particular, Stolz et al. tested AFM in real clinical activities;
articular cartilage biopsies from seven patients who suffer
from osteoarthritis (the age of the patients was in the range
62-96 years) were examined [14]. The result of this research
has revealed an increasing softening of articular cartilage
at the nanoscale with progressing osteoarthritis at a given
age. It must be noted that all the detected changes at the
initial stages of osteoarthritis could only be detected at
the nanoscale.

In addition, Stolz et al. have shown that biomechanical
and morphological changes occurring in articular cartilage
during normal aging differ comparing to the ones occurring
during osteoarthritis progression. The cartilage softening
during osteoarthritis progression is due to the disintegration
of collagen meshwork [14]. The stiffening of the collagen
meshwork at the nanoscale can only be detected using
AFM [14]. Hence, the ability to detect changes at early stages
of osteoarthritis and distinguish these changes from the ones
that occurred due to normal aging has opened an exciting
prospect of using AFM as a tool in real clinical activities.

5.2. Cancer. Cancer progression has been associated with
alterations in cancer cells and tumor microenviroment
(TME) components [151, 152]. Alterations in cancer cells
that make them differ from normal cells include changes in
cell morphology, reproduction, communication, adhesion,
cell-to-cell or cell-to-ECM interactions, cell invasion/metas-
tasis, and even cell death. Recently, it has been demonstrated
that cancer cells have different nanomechanical properties

Table 1: Typical examples of Young’s modulus values of collagen in the literature.

References
Young’s modulus on collagen

Collagen source Contact model used Young’s modulus values (GPa)

[17] Type I collagen from bovine Achilles tendon Oliver & Pharr model 0.74 - 1.43

[131] Type I atelocollagen from calf skin Hertz model 1 03 ± 0 31
[11] Type I collagen from bovine Achilles tendon Hertzian model, modified for cylindrical sample 1.2 - 2.2

[133] Type I collagen fibrils from rat tail tendons Oliver & Pharr model 3.75 - 11.5

[130] Type I collagen fibrils from calf skin Hertz model 1 2 ± 1
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than normal cells and alterations in the mechanical prop-
erties of cells play a crucial role during malignant transfor-
mation [152, 153]. TME consists of the tumor blood and
lymphatic vessels, the stromal cells (FBs and CAFs), the
ECM (including mainly collagen and hyaluronic acid), and
a number of other soluble factors. Tumors have the tendency
to modify their microenvironment in a way that promotes
tumor growth and progression. For instance, in desmoplastic
tumors, like pancreatic and breast cancers, the interactions
between TME components lead to desmoplasia, which is
characterized by the presence of CAFs and the overproduc-
tion of ECM components [154, 157]. This desmoplastic reac-
tion leads to TME stiffening which increases the compressive
mechanical forces in the tumor interior [113, 155, 156]. Fur-
thermore, the crosstalk between TME and cancer cells influ-
ences a number of cancer cells’ properties, including cell
proliferation, migration, and cell invasion through surround-
ing tissues. Consequently, the understanding of cancer cells
and TME alterations during cancer progressions is of utmost
importance, in order to develop novel and more effective
anticancer therapies or diagnostic techniques. There are
several studies correlating the influence of the mechanical
properties of the ECM and tumor progression [157, 158].
For instance, it has been demonstrated that caveolin-1
(Cav1, the major component of endocytic caveola plasma
membrane, promotes among others the force-dependent
contraction and TME stiffening [158]. AFM arises as a key
tool in this research area, providing many novel research
results [4, 159, 160]. AFM can be used as a unique technique
in order to study cancer cell properties (such as growth,
invasion, and metastasis), TME alterations, and cancer tissue
progression. Generally, its ability to work on live cells with
high resolution and to assess nanomechanical properties
(e.g., Young’s modulus properties) has made AFM a valuable
technique in the field of cancer research. Apart from in vitro
experiments of AFM on cancer cells, AFM has been used for
studying the nanomechanical properties of TME compo-
nents [4] and cancer tissue biopsies with great potentials
[160–162]. In this section, we first present the use of AFM
for characterizing the nanomechanical properties of cancer
cells and its use for discrimination between healthy and can-
cer cells. Then, we discuss the use of AFM for investigating
the nanomechanical properties from tissue biopsies and the
possible application for early cancer diagnosis.

5.2.1. Cancer Cells

(1) High-Resolution Imaging. Although it has been demon-
strated that cancer cells have different characteristics and
properties than normal cells, they remain poorly identified
or understood [163]. AFM techniques have already been
used for studying cancer and normal cells in terms of
morphology, cells’ surface, pericellular activity, proteolytic
activity, exosomes, cell-cell or cell-ECM interactions, and
nanomechanical properties.

One of the key characteristics of AFM and one of its
major advantages are its ability of high-resolution imaging.
Although other techniques, like optical and fluorescence

microscopy, can offer significant information concerning
cancer cell morphology at the single-cell level, AFM can pro-
vide information at the nanoscale concerning cell morphol-
ogy and surface. For instance, AFM has been used for
studying invadopodia which are cellular processes extended
by the cells and play a significant role in cancer cell invasion
and metastasis. Chasiotis et al. and Fillmore et al. used
AFM to image the surface of human glioblastoma brain
tumor cells (T98) on collagen substrates during invasion pro-
cess [164, 165]. They demonstrated that invadopodia present
an unusual nanomorphology and their results offered new
insights concerning cell-substrate interactions. Additionally,
AFM high-resolution imaging has been used for the charac-
terization of single exosomes [166], which play a significant
role in tumor proliferation and tumor microenvironment
modulation [167–169]. Sharma et al. applied AFM tech-
niques in order to investigate the exosomes from normal
and cancer cells and showed that cancer cell-derived exo-
somes possess surface nanofilaments that may help in cell-
cell communication [170]. Also, AFM can be applied to
investigate specific cell activities that seem to be crucial for
cell metastasis, as pericellular proteolytic activity which is
important for TME remodeling and cancer cell invasion
[171]. AFM can be used for assessing differences in average
height, volume, and molecular weight distribution of pericel-
lular matrix proteins in TME [171–173].

In the research area of cell-substrate interactions, AFM
can provide unique information concerning the interactions
of normal and cancer cells with culture substrates and obtain
new data about cell-ECM interactions. It has been demon-
strated that nonmetastatic breast cells adhered less to miner-
alized ECM secreted by osteoblasts than metastatic cells
[174]. Furthermore, AFM has been used for investigating
the mechanical response of cancer cells on different sub-
strates. Park et al. studied prostate and breast cancer cells that
were cultured on nanoscafolds and showed that different
cancer cell lines have distinct response to substrate character-
istics such as size and nanomechanical properties [175].
Additionally, AFM can be used for studying cell-cell interac-
tion. For instance, Puech et al. studied melanoma cell line
during the binding process on human umbilical vein endo-
thelial cells [176], while Laurent et al. investigated the
adhesion strength between endothelial cells and cancer cells
and demonstrated that the more invasive cells formed the
strongest bonds with endothelial cells [177]. Hoffmann
et al. used AFM in order to study the interaction forces
among tumor cells and natural killer cells and demonstrated
that in order to separate natural killer cells from cancer cells,
the required forces are higher when the killer cell receptor
2B4 is activated [178].

(2) Mechanical Properties of Cancer Cells. Another area that
presents a significant research interest is the use of AFM for
assessing cancer cell nanomechanical properties. It can pro-
vide extremely high precision on the force applied to the cell,
live and fixed ones, under natural conditions (e.g., in liquid
conditions with temperature control), and it can provide
quantitative mechanical measurements simultaneously to
high-resolution imaging. As alteration in cytoarchitecture is
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associated with cancer progression [164, 179, 180] and the
cells’mechanical properties play a crucial role in cell motility,
metastasis, and growth [181, 182], the investigation of the
nanomechanical properties of cancer cells, in comparison
with normal ones, is of particular scientific interest.

One of the first demonstrations of the AFM mechanical
measurements on cancer cells was performed in 1993 by
Weisenhorn et al. on lung cancer cells, but with a quite big
variation in their Young modulus values. Afterwards, force-
volume mode was used in order to provide enough statistics
on embryonic cancer cells by Goldmann et al. [183, 184].
Although the study of single cancer cells can offer significant
information concerning their mechanical properties, in 1999,
the pioneer work of Lekka et al. demonstrated that the com-
parative investigation of cancer and normal cells can provide
unique data [185, 186]. Bladder cells with different levels of
malignancy were used, and the results demonstrated that
cancer cells were softer than normal cells. This was the first
study that demonstrated that AFM can be used for distin-
guishing cancer cells from normal cells in terms of cell
deformability. In order to further correlate the cell malig-
nancy with their deformability, a number of studies have
been performed on different cell lines, including breast
[161, 187], prostate [161, 188], and oral [189] tumor cells,
showing that cancer cells are softer than normal cells in terms
of Young’s modulus values. Furthermore, Cross et al. investi-
gated cells that were obtained from pleural effusion of
patients and showed that metastatic cells are softer than
benign cells in clinical samples [190], while in a number of
studies, it has been demonstrated that cells derived from nor-
mal or nonmalignant tissues present a similar pattern [153].
All these studies suggest that the stiffness of tumor cells (in
terms of Young’s modulus) can be considered as a diagnostic
method for distinguishing them from normal cells [161].
Additionally, recently, it was demonstrated that CAFs were
also softer than normal FBs and present increased invasive
properties [53]. Furthermore, it has been demonstrated than
malign and benign cell lines present different viscoelastic
properties [43]. More specifically, cancer cells are character-
ized a substantially larger loss tangent than benign cells
[43]. On the other hand, it has been suggested that cell soft-
ening is a cell-type-specific response [191] and that this cell
characteristic alone fails to serve as a universal indicator for

metastatic progression [192]. Consequently, more research
is demanded toward this direction so as AFM to be used as
a diagnostic tool for detecting cancer cells and distinguish
them from normal ones in real clinical practice.

5.2.2. Cancer Tissue. Although in the previous section we
present that cancer cells are softer than normal cells, it is
a common belief that tumors are stiffer than their host
tissue [162]. Tumor stiffening is caused by the increase
in ECM composition, mainly collagen type I and collagen
crosslinking during cancer progression [193–195], and it is
the major biomechanical property of solid tumors that cli-
nicians and patients can feel during palpation. Concerning
the mechanical properties of tumor, AFM seems to be a
valuable tool for assessing its nanomechanical properties
with high spatial resolution. Although it has been pre-
sented that AFM has the potentials to be a unique cancer
diagnostic tool [162, 180, 196], the work toward this direc-
tion is limited [160, 197–199].

One of the first studies on this area was performed on
snap-frozen mammary tissues, and the results demonstrated
that the malignant epithelium was stiffer than in isolated
breast cancer cells and that the ECM adjacent to the epi-
thelium progressively stiffens [198]. In 2012, Lekka et al.
investigated tissue samples from patients with endometrioid
carcinoma of the uterine, breast, and vulvar cancers and
their results demonstrated that these tissues were softer than
the nonneoplastic regions [161]. In a pioneer work, in the
same year, Plodinec et al. demonstrated that AFM can
be used for assessing unique nanomechanical fingerprints
from human breast biopsies that can be used for cancer
breast diagnosis [162]. Their results revealed that normal
and benign tissues present a uniform stiffness (in terms of
Young’s modulus) distribution, while malignant tissue was
characterized by two distinguishable maxima. The same
maxima were reported by Tian et al. in 2015 in human liver
tissue and were referred as lower elasticity peak (LEP) and
higher elasticity peak (HEP) (Figure 8) [199]. Also, in this
study, the different stiffness distributions and maxima of
other tissues (including esophageal cancer, clear cell renal cell
carcinoma, colon cancer, and papillary renal cell carcinoma)
were reported.

In 2016, Ciasca et al. demonstrated that AFM can assess
nanomechanical fingerprints of human glioblastoma and
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meningothelial meningioma and AFM techniques can be
applied for tumor brain grading [200]. In the same year,
Ansardamavandi et al. developed clustering algorithms in
order to divide and categorize the derived stiffness (in terms
of Young’s modulus values) measurements [197]. With their
technique, they achieve to divide the measurements into
three categories (the cellular, the noncellular, and the fibrous
part of the tissue) and demonstrated that AFM can be
combined with computational methods for identifying
more than two different components of the tissue. In 2017,
Cui et al. used AFM for investigating the nanomechanical
fingerprints of cervical cancer and cervical intraepithelial
neoplasia [201]. The research results demonstrated that both
healthy and cancer samples present bimodal distribution of
Young’s modulus values with similar values of LEP, but
cancer HEP values demonstrated that cancer tissues were sig-
nificantly stiffer than the healthy controls. Consequently,
HEP values could be used as a nanomechanical biomarker
for cancer diagnosis. Also, in 2017, Minelli et al. applied an
operator-independent neural network in order to identify
the nanomechanical fingerprints of brain cancer [202]. Their
technique achieves to identify and distinguish cancer from
healthy tissue in a fully automated fashion.

The results so far have demonstrated that AFM is arising
a novel technique for assessing the nanomechanical proper-
ties of cancer tissue and has the potential to provide a novel
tool for early cancer diagnosis.

5.3. Alzheimer’s Disease

5.3.1. Amyloid Fibrils. The study of protein fibrils is an
important subject in various research fields and disciplines.
A very interesting fibrous protein complex is amyloid fibrils
which are highly ordered fibrillar structures assembled from
either peptides or unfolded proteins [203]. The deposition
of amyloid, in the form of amyloid plaques, has been associ-
ated with a number of degenerative diseases, while the amy-
loid structure has also been found in many functional
proteins that are not related with a specific disease. As the
involved mechanisms remain unknown, the clarification of
the mechanisms of fibrillation, the structural features of the
amyloid fibrils, and their physical and nanomechanical
properties will help to reveal their biological role [203].
AFM and its capabilities for nanomechanical characteriza-
tion of biological samples arise as a very significant tool for
the study of the amyloid fibrils. For instance, Roeters et al.
used AFM in combination with other techniques (such as
X-ray powder diffraction and IR spectroscopy) for studying
the aggregation of the intrinsically disordered protein
alpha-synuclein (αS) into amyloid fibrils [204]. These amy-
loid fibrils have been correlated with the pathology of
Parkinson’s disease. Their results demonstrated that the
structure of αS fibrils varies as a function of ionic strength,
and they argued that this sensitivity to the ionic strength
might form the basis of differences in αS-related pathologies.
Also, in the last years, many researchers have focused on the
self-assembly of amyloid peptides and proteins at interfaces
since it will provide significant information for understand-
ing the mechanism of some neurodegenerative diseases

[205]. The AFM has been employed in this area and so far,
the results demonstrate that interfaces play an important
role in peptide assembly [205]. Furthermore, very recently,
Watanabe-Nakayama and Ono used high-speed AFM
(HS-AFM), which allows the video imaging of the conforma-
tional changes of individual molecules, in order to investigate
the structural dynamics of individual amyloidogenic protein
assemblies [206].

5.3.2. Alzheimer’s Disease. As it was already mentioned, the
formation of fibrous particles is associated with a number
of specific diseases. One of these, which have a great social
impact, is Alzheimer’s disease (AD). Patients with this dis-
ease presents neuritic plaques and vascular deposits consist-
ing from fibrous aggregates of the protein amyloid-β (Aβ).
More specifically, the hydrophilic molecules of Aβ accumu-
lated outside of the neural cells and result in the formation
of these highly toxicity amyloid plaques [207]. These amyloid
plaques are composed of amyloid fibrils and small oligomers,
which are insoluble protein aggregates [208]. Although the
aggregation of the Aβ protein has been correlated with
neurotoxicity, the involved mechanisms remain unclear
[7]. Soon after the development of the AFM, it was demon-
strated that the AFM is a powerful tool for studying the Aβ
amyloids and the AFM can provide unique information for
understanding the structural origins of this complex neuro-
degenerative disease [7]. For instance, in 1996, AFM was
used to investigate the self-assembly and the surface struc-
ture of the resultant fibrils [209, 210]. AFM has been applied
in many studies since then for studying Αβ amyloids with
several research purposes. Some of the more recent research
results use advanced, sophisticated, and coupled AFM tech-
niques. Furthermore, AFM has been used for studying β-
amyloid structure in liquid conditions [211] and β-amyloid
aggregation as a function of concentration [212]. Also, Con-
nelly et al. investigated the ion channel mechanism and pore
structures of the amyloids of AD pathology by using AFM
[213], while several studies study the relationship between
the formation of β-amyloid fibrils and toxicity in AD [214].
Furthermore, Song et al. used AFM in combination with
fluorescence spectroscopy so as to study the interactions
between vanillin and Aβ polypeptide [215]. Their results
demonstrated the depolymerization of Aβ1-42 aggregates
by vanillin in a dose-dependent manner, and the authors
suggested that vanillin may be a potential pharmacological
agent for the treatment of AD. In another study, Han et al.
developed a sophisticated AFM-based technique to evaluate
the amyloid precursor protein (APP) cleavage mechanism
at the nanomolecular level, as the clarification of the APP
cleavage mechanism is crucial for the development of new
AD therapeutic agents [216]. Also, Banerjee et al. studied
isolated cross-linked Aβ42 trimers (Aβ oligomers) with
HS-AFM which enabled the visualization of the structural
dynamics of the oligomers at nanometer resolution on a mil-
lisecond time scale. According to the researchers, the nano-
scale characterization of the Aβ oligomer structure and
dynamics can lead to the development of novel oligomer-
specific therapeutic agents. In other recent works, Li et al.
used real-time AFM combined with molecular dynamics

15Scanning



simulations as a novel approach to investigate the amyloid
nanostructures formed by a potential pentapeptide inhibitor
[217], while Han et al. applied AFM in order to probe the
interactions between Aβ and two kinds of antibodies [207].

5.4. Viruses and HIV

5.4.1. Viruses. AFM has opened a new prospect regarding the
investigation of the physical properties of viruses [218, 219].
The research regarding the structural properties of viruses
and virus mechanics facilitates the engineering of their phys-
ical properties in order to improve their applications in bio-
nanotechnology and molecular biology [220]. In particular,
AFM provides the ability to acquire topographic images of
biological objects at the nanometer scale (such as the viruses).
The first imaging attempt regarding viruses, using scanning
probe microscopy (STM), was provided by Baró et al. [221].
The virus particle that was visualized was the bacteriophage
Φ29. But as in STM imaging the sample has to be electrical
conductive, the particle was covered with a metallic layer that
is far from its physiological conditions. This limitation has
been overcome using AFM, which does not require electrical
conductivity. AFM has been widely used for the topographic
property determination of viruses, partially disassembled
viruses, viral capsids, nucleic acids, etc. [222–225]. In addi-
tion, AFM can be used in order to investigate the viral
infection in live cell process [226–229] and for the determi-
nation of the interaction forces between viruses and other
molecules [220].

Viruses are solid-state objects; thus, the determination of
their mechanical properties is possible. For almost all
“empty” capsids, Young’s modulus has been determined
under the assumption that the capsid is homogeneous and
hollow with idealized geometry [220]. In addition, the shell
thickness and the empty capsid’s size are considered to be
similar to the real capsid’s size [218, 220]. For Young’s
modulus determination, the thin elasticity theory and finite
element analysis on the model particle are usually used.
However, the validity of this approach for Young’s modu-
lus determination is under discussion [230]. A different
approach for the determination of the mechanical properties
of viruses is based on the consideration of the virus particle
and the AFM cantilever as two ideal springs in series. In this
case, the “spring constant” of the particle kp can be deter-

mined using the following equation: k−1ef = k−1p + k−1c where,
kef is the value of the effective spring’s constant (which is cal-
culated from the slope of the force vs. distance curves) and kc
is the cantilever’s spring constant. However, despite the fact
that stiffness, as it is calculated using the spring constant, is
an object’s property, it does not depend only on the material
but also depends on the object’s dimensions and geometry.

Moreover, an alternative method for the mechanical
property determination of viruses is the structural strength
determination. In the most of the cases, the linearity of the
force vs. distance curves is lost when a specific force is
applied. The loss of the linearity is due to the mechanical fail-
ure or buckling in the particle. In addition, it must be noted
that for the mechanical property determination of particles,
a number of load-indentation curves are used. The force

experiments usually do not cause permanent damages to
the particles. However, a big number of indentation experi-
ments may result in a nonlinear mechanical response or in
mechanical failure. This behavior is caused by the material
fatigue of the particle.

5.4.2. HIV. A typical example of a virus in medicine, with
great significance and social impact that can be tested using
the AFM methods, is the human immunodeficiency virus
(HIV). HIV is an enveloped retrovirus with a genetic material
that in the first phases of development is in a single-stranded
RNA form [231]. In the mature phase of development, the
viral genomic RNA is encapsidated within a cone-shaped
capsid [231]. HIV capsid is a conical shell with a length
~100-120nm which is formed during viral maturation by
the assembly of about 1500 capsid protein molecules (these
molecules are organized into 250 hexamers and 12 penta-
mers approximately). The presence of these pentamers
induces the curvature necessary to form the cone shape of
the capsid [232–234].

The calculation of the stiffness of the capsid is mandatory
for the assessment of any mechanical model regarding
the capsid’s uncoating. Several experiments for the deter-
mination of the mechanical properties of HIV 1 particles
using AFM have been performed during the last decade
[220, 231, 235, 236]. In particular, Ramalho et al. applied
the nanoindentation technique to measure the stiffness of
empty capsids independently from the viral envelope. In
particular, in vitro assemblies of wild-type and mutant
recombinant HIV-1 capsid protein and isolated and mutant
HIV-1 cores (i.e., filled capsids) were tested. This research
resulted that the mutant assemblies were significantly stiffer
than the wild-type assemblies. Pang et al. investigated the
mechanism under which the physical properties of viral
particles change during maturation and the effects of these
changes in the viral lifestyle [235]. Their results indicated that
HIV presents a severe reduction in particle stiffness during
maturation that is mediated by the viral envelope protein.
Kol et al. compared the mechanical properties of mature
and immature HIV viruses using AFM nanoindentation
[236]. The spring constant of the mature HIV-1 virus was
calculated equal to 0.22N/m while the spring constant of
immature HIV-1 virus was calculated equal to 3.15N/m. In
addition, Young’s moduli were found to be 0.44GPa and
0.93GPa for the mature and the immature HIV-1, respec-
tively, which means that the immature HIV-1 virus is stiffer
than the mature one. The research regarding HIV is of great
importance due to the fact that the mechanical softening as a
result of maturation of HIV-1 (which is due to the loss of
Env-Gag interactions) is probably a necessary condition
before the infection occurrence [220].

6. Conclusions

AFM is a unique tool for nanocharacterization, including
high-resolution imaging and nanomechanical measure-
ments, of biological samples under different environmental
conditions. New advances of AFM enable the simultaneous
imaging with other modalities offering new perspectives in
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the field. A plethora of studies so far have demonstrated the
abilities of AFM for assessing unique nanocharacteristics of
biological samples that can be correlated with different path-
ological conditions. Consequently, AFM stands out as the
ideal research instrument for exploring the detection of
pathological conditions even at very early stages, making it
very attractive in the area of bio- and nanomedicine.
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The spectrin matrix is a structural element of red blood cells (RBCs). As such, it affects RBC morphology, membrane
deformability, nanostructure, stiffness, and, ultimately, the rheological properties of blood. However, little is known about how
temperature affects the spectrin matrix. In this study, the nanostructure of the spectrin network was recorded by atomic force
microscopy. We describe how the nanostructure of the RBC spectrin matrix changes from a regular network to a chaotic
pattern following an increase in temperature from 20 to 50°C. At 20–37°С, the spectrin network formed a regular structure
with dimensions of typically 150 ± 60 nm. At 42–43°С, 83% of the spectrin network assumed an irregular structure. Finally, at
49–50°С the chaotic pattern was observed, and no quantitative estimates of the spectrin structure’s parameters could be made.
These results can be useful for biophysical studies on the destruction of the spectrin network under pathological conditions, as
well as for investigating cell morphology and blood rheology in different diseases.

1. Introduction

Red blood cell (RBC) morphology, membrane deformability,
and nanostructure are largely related to the structure of the
cytoskeleton underlying the lipid bilayer [1–3]. The spectrin
matrix is thought to be a critical structural component of
RBCs [4].

Temperature represents an important factor affecting the
functioning of biological objects. An increase in temperature
causes conformational distortions of the RBC spectrin matrix
[5] and changes the rheological properties of blood [6].

Various methods have been applied to study the RBC
spectrin matrix [7–9]. Recently, atomic force microscopy
(AFM) has been used to visualise blood cells and study the
properties of their membranes. AFM is particularly effective
for studying the nanostructure of biological objects up to sev-
eral nanometres in size [10–22].

External factors, such as ionizing radiation [23], drugs
[24, 25], or long-term storage of packed RBCs [26], as well

as genetic mutations [27] can damage both protein and lipid
components of the membrane. This is then followed by dam-
age to the spectrin matrix. Understanding how the RBC spec-
trin network behaves under different physical and chemical
insults remains an important scientific and clinical challenge.

The purpose of the present study was to apply AFM
to investigate the influence of temperature on conforma-
tional distortions of the RBC spectrin matrix nanostructure
in vitro.

2. Materials and Methods

2.1. Experimental Setup. Experimental work was carried out
according to the following scheme:

(1) Development of the ghost preparation method for
spectrin matrix identification

(2) Acquisition of spectrin network AFM images
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(3) Investigation of the influence of the physical factor
(temperature) on cells

(4) Quantitative assessment of spectrin matrix character-
istics based on the effect of the above factor

2.2. Preparation of Blood Samples. Blood withdrawal (150μL)
into ethylenediaminetetraacetic acid- (EDTA-) containing
microvettes (Sarstedt AG & Co., Germany) was carried out
during a prophylactic examination on eight volunteers (25–
35 years old, four women and four men). Informed consent
was obtained from each donor. All experiments were carried
out in accordance with guidelines and regulations of the Fed-
eral Research and Clinical Centre of Intensive Care Medicine
and Rehabilitology, V.A. Negovsky Scientific Research Insti-
tute of General Reanimatology, Moscow, Russian Federation.
All experimental protocols were approved by this Institute.

2.3. Temperature Adjustment. Microvettes containing blood
samples were put into a hot-air thermostat TC-1/80 (SKTB
SPU, Russian Federation) and incubated for 30min at a given
temperature. The temperature ranges were as follows: 20°С,
36–37°С, 39–40°С, 42–43°С, and 49–50°С.

2.4. Formation of the Spectrin Matrix on the Surface of RBC
Ghosts. For the sake of clarity, we defined the term RBC ghost
as the membrane and cytoskeletal elements of the RBC
devoid of cytoplasmic contents. In our experiments, lipid
fractions were removed from the RBC ghosts and the spec-
trin matrix appeared on the surface.

Figure 1 illustrates the formation of RBC ghosts and
exposure of spectrin matrix. Cells were first subjected to
haemolysis (Figure 1(a)), whereby 150μL of fresh blood
was added to 500μL hypotonic solution consisting of
one part 0.9% NaCl (Kelun, Kazpharm, Kazakhstan) and
nine parts of distilled water. This initiated RBC haemolysis
(Figure 1(b)). The resulting suspension was centrifuged in an
Eppendorf tube (Ningbo Greetmed Medical Instruments
Co., China) at 3,000 rpm for 5min. The supernatant was
removed, and a pellet of 75μL was left in the tube. Then,
300μL of distilled water was added to the suspension to con-
tinue haemolysis and the suspension was mixed. The result-
ing lysate was centrifuged at 500 rpm for 5min. After a soft
centrifugation, the Eppendorf tube with the suspension was
left in the refrigerator at 4°C for 30min and then at 20°C
for 10min to continue with haemolysis. The Eppendorf tube
containing the ghost suspension was finally centrifuged at
3,000 rpm for 5min. Once the supernatant was removed, a
pellet of 75μL was left at the bottom of the tube and 10μL
of it was placed on a glass slide. Smears of RBC ghosts’mono-
layers were prepared using a device-assisted V-Sampler
(Vision Hema, Austria). Given the progressive removal of
lipids during haemolysis (Figures 1(b) and 1(c)), the spectrin
matrix was now exposed in RBC ghost smears (Figure 1(d)).

The use of RBC ghosts to expose the spectrin matrix on
the membrane surface has been reported previously [18].
Here, only physical means were applied to achieve spectrin
matrix exposure: osmosis (0.9% NaCl and distilled H2O),
centrifugal force (3,000 rpm), and temperature (20°C and
4°C). We did not use any chemical agents for preparation

of RBC ghosts—neither glutaraldehyde nor triton, etc., in
order to avoid additional chemical influence on the protein-
lipid structures of the membrane.

The extracellular (outer surface) and cytoplasmic (inner
surface) structures of the plasma membrane can be studied
by various methods [18, 28]. The spectrin matrix on the
extracellular surface of the membrane is shown schematically
in Figures 1(b) and 1(d) (arrow A) and Figure 2(a) (arrow A).
The spectrin matrix on the cytoplasmic surface of the mem-
brane is shown schematically in Figures 1(b) and 1(d) (arrow
B) and Figure 2(b) (arrow B). The structure of the spectrin
matrix on the inner side of the membrane can be observed fol-
lowing a shift in the ZZ plane (Figures 1(b), 2(a), and 2(b)).

If the RBC ghost maintained two complete surfaces
after all the preparation steps, then the spectrin matrix
on the extracellular membrane surface could be visualised
(A, Figures 2(c) and 2(d)). Conversely, if the upper layer was
partially removed or shifted during preparation (arrow D,
Figure 2(b)), then the inner surface appeared (arrow B,
Figure 2(b); B, Figure 2(e)).

Figure 2(c) shows an example of an AFM image of a spec-
trin matrix obtained on a control blood sample not subjected
to any external factor. The typical size of the spectrin network
was S = 150 ± 60 nm. Such a basic network was observed in
65 ± 20% of the extracellular surfaces of RBC ghosts. In
30 ± 12% of RBC ghosts’ surfaces, the network could not
be detected. The remaining 5 ± 2% of RBC ghosts’ surfaces
had a spectrin network whose dimensions were typically
>250 nm (Figure 2(i)). Only 2% of the ghosts’ surfaces pre-
sented shifted layers (Figure 2(l)).

Observation of the spectrin matrix and its structural
characteristics depends on preparation conditions. Accord-
ingly, an increase in the volume of distilled water during
the preparation of the spectrin matrix by a factor of 1.5
(up to 500 μL) increased by ten times the number of large
spectrin networks (Figures 2(d), 2(g) and 2(j)). An increase
in the rotational rate of RBC ghosts to 12,000 rpm led
to the rupture of spectrin filaments (Figures 2(e), 2(h), 2(k),
and 2(m)) in comparison with the original procedure
(Figures 2(c), 2(f), 2(i), and 2(l)) and to 85% of the ghosts
having shifted layers (Figure 2(m)). A representative AFM
image of the spectrin matrix on the cytoplasmic membrane
surface prepared using high-speed centrifugation is shown
in Figures 2(e) and 2(h).

2.5. Atomic Force Microscopy. AFM was used to visualise the
spectrin matrix and to quantify its characteristics [18, 20].
We used the NTEGRA Prima AFM instrument (NT-MDT
Co., Russian Federation) under the semi-contact mode. Can-
tilevers PPP-NCSTR-10 (Nanosensors, Switzerland) with a
force constant of 5N/m, tip radius of 10–15 nm, and reso-
nance frequency of 76–263 kHz were used. We employed
also cantilevers NSG01 (TipsNano, Russian Federation) with
a force constant of 5N/m, tip curvature radius of 10nm, and
resonance frequency of 87–230 kHz. There were 512 or 1024
scanning points within each line of image.

We scanned monolayers of RBCs and RBC ghosts. The
scanning fields were 100 × 100 μm2, 40 × 40μm2, or 10 ×
10 μm2. To study the spectrin matrix nanostructure, a

2 Scanning



membrane surface area of 3 × 3 μm2 was scanned. We ana-
lysed 2D and 3D images, as well as the corresponding pro-
files. For image processing and quantitative assessment of
their parameters, we employed the instrument’s own NT-
MDT SPM software.

2.6. Statistical Analysis. The following groups of RBCs
from donors were analysed: control 20°С (eight donors),
36–37°С (four donors), 39–40°С (four donors), 42– 43°С
(four donors), and 49– 50°С (four donors). The experiments
were repeated three times. In each experiment, the corre-
sponding sample (smear) of RBC ghosts was made, amount-
ing to 24 RBC ghost samples for the control and 48 for the
different temperature ranges. In total, we obtained 81 sam-
ples. AFM images of 100 × 100 μm2 and 40 × 40 μm2 were
acquired for each sample and ten RBC ghosts were selected
from each of them for quantitative estimation. This yielded
a total of 810 RBC ghosts. To estimate nanostructure charac-
teristics, 50 values of sizes (L, S) and height (h) per RBC
ghost were measured and taken into account. For each
condition, 1800 characteristics were estimated. Statistical
analysis of experimental data was performed using Origi-
nPro (OriginLab Corporation, Northampton, Massachusetts,
USA). Data representmean ± standard deviation (SD). Error
bars in Figures 2(i)–2(m), and 3(c) represent the SD.

3. Results

3.1. Local Nanodefects Are Observed in the Spectrin Network.
Figure 4 shows some examples of typical defects in spectrin
network nanostructure observed during our experiments
on the influence of temperature on blood. Normally, each
actin complex (blue marker, Figure 4) of the spectrin matrix

comprised six spectrin filaments (yellow lines). However,
as shown in Figure 4(a), one connection could occasionally
be broken.

Based on AFM images, the characteristic length S of spec-
trin filaments was estimated as the end-to-end distance
between actin nodes, whereas the height h of the nanostruc-
tures was determined by the elevation difference between
the edge of the hole and its deepest point (Figure 4(b)). The
size L of holes in the spectrin matrix was estimated by the
surface profile (Figures 4(c), 5(c), 5(d), 6(c), 6(d), 6(g), 6(h),
7(c), and 7(d)).

In a number of cases, we observed the simultaneous dis-
ruption of several (3–4) spectrin filaments at contact points
with ankyrin complexes (red markers, Figure 4(b)).

In other cases, we observed a broken connection between
spectrin filaments and the actin complex. The 3D image of a
spectrin matrix element in Figure 4(c) shows six distorted
connections to actin filaments forming a cone. The diameter
of such local craters was estimated as L = 300 ± 100 nm. Dis-
ruption of the spectrin filaments led, in turn, to a shortening
of the distance between membrane proteins, resulting in their
clustering (blue markers fused to each other in Figure 4(d)).

Such nanodefects could appear separately or simulta-
neously; however, the probability of their occurrence was
changed with an increase in temperature. The structures
shown in Figure 4(a) may be observed under 36–37°С. The
topological structures indicated in Figures 4(b)–4(d) were
arisen under 39–40°С.

3.2. The Nanostructure of the RBC Spectrin Matrix Is
Influenced by Temperature. As with other biopolymers,
the structural properties of spectrin depend on blood tem-
perature. Here, we investigated the spectrin matrix after
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incubating blood at a physiological range of temperatures
(36–42°С), at much higher temperatures (49–50°C), and at
room temperature (20°С).

3.2.1. 20°С. After fresh blood was left in a microvette at 20°C
for 30min, 95 ± 3% of RBCs appeared as discocytes and a
regular spectrin network structure was observed. The typical
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(m) corresponds to (c, d). The dashed line from (b) to (e) delineates the extracellular and inner membrane surfaces. Experimental data are
shown as mean ± SD.
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length of spectrin filaments was S20°C = 150 ± 60 nm, which
coincides with that under control conditions. The elevation
difference was h20°C = 4 ± 2 nm. Such pattern corresponds
to the basic variant of the spectrin matrix.

3.2.2. 36–37°С. Incubation of blood in a thermostat at a phys-
iological temperature of 36–37°C for 30min did not change
the cells’ morphology or the structure of the spectrin matrix
as compared to the basic variant (Figures 5(a) and 5(b)).

The spectrin network, with its protein complexes and fil-
aments, was clearly visible (Figures 5(b) and 5(c)) and corre-
sponded to the blue, red, and yellow markers in Figure 4(a).
The dark zones corresponded to areas of lipid bilayer
destruction (holes). In Figure 5(c), red arrows show the struc-
tures between which the parameters were measured. On the
profile in Figure 5(d), the corresponding zones are marked
by dots. The typical size of a hole was L36–37°C = 150 ± 60
nm and the height difference h36–37°C = 4 2 ± 1 8 nm.

3.2.3. 39–40°С. When blood was incubated at 39–40°C for
30min (Figure 6(a)), the morphology of the cells changed.
Discocytes amounted to 86 ± 8% of cells, echinocytes to
6 ± 1%, and target cells (codocytes) to 8 ± 3% (green
arrows, Figure 6). Two spectrin network ensembles were
detected: the first (Figures 6(b)–6(d)) corresponded to
37 ± 6% of cases, the second (Figures 6(f)–6(h)) to 35 ±
6% of cases, as indicated by a representative 2D image
of the spectrin matrix and a fragment of its nanostructure.
In ensemble 1, the spectrin matrix displayed a regular struc-
ture (Figures 6(b)–6(d)), but the size of network elements
was greater than that observed at 20°C and 36–37°C
(Figure 5); specifically, it was calculated as L39–40°C 1 =
240 ± 60 nm. 2D images (Figures 5(b) and 5(c)) and the
corresponding surface profiles (Figure 6(d)) indicated that
the entire actin complex was defective. The local topolog-
ical nanodefects were in the form of a frustum with height
h39–40°C 1 = 5 5 ± 1 5 nm.
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histogram of distance L/ (nm) between circles and inside (diameter), as determined in (a) and (b). Experimental data are shown as
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In some zones of the spectrin network, another type of
connection distortion could be detected, namely, discontinu-
ities in the ankyrin complex that resulted in a partial ring
structure (Figures 4(b) and 6(c)). The discontinuity of several
neighbouring connections at this temperature range was
higher than at 36–37°C.

Ensemble 2 displayed an irregular, disordered structure of
the spectrin matrix (Figures 6(f)–6(h)), which differed from
the ordered network observed previously (Figures 5(b) and
5(c)). In ensemble 2, typical distances showed a wide disper-
sion, with L39–40°C 2 = 220 ± 160 nm and h39–40°C 2 = 2 6 ±
1 2 nm.

3.2.4. 42–43°С. A temperature increase to 42–43°С resulted
in target cells in the monolayer increasing to 25 ± 8%
(Figure 6(e)). The proportion of ensemble 2-type spectrin
matrix(Figures6(f)and6(g))alsoincreasedto83 ± 8%.Thetyp-
ical parameters of the spectrin nanostructure were L42–43°C 2
= 220 ± 120 nm and h39–40°C 2 = 5 ± 3 nm. Moreover, the

spectrin matrix was not uniformly irregular across the
entire surface of the network. Specifically, it appeared less
irregular towards the centre of the cell, in line with the
target structure.

3.2.5. 49–50°С. This is the temperature of spectrin denatur-
ation [29]. Total damage to spectrin filaments can lead to
alterations in the spectrin matrix as a whole, in turn leading
to changes in RBC morphology. As shown in Figure 7(a), the
shape of RBCs differed from that at 36–37°C (Figure 5(a)),
with discocytes accounting for only 1 0 ± 0 5% of cells.

AFM images of the spectrin network (Figure 7(b)) revealed
marked differences compared to the control (Figure 2(c)
and 5(b)), with 79 ± 6% of the extracellular surface being
strongly damaged. A regularly shaped spectrin matrix was
not observed, which also means it was impossible to carry out
adequate quantitative estimations of its parameters. A chaotic
pattern was observed on the surface (Figure 7(c)), whose typical
parameters were L49–50°C = 250 ± 150 nm and h49–50°C = 15 ±
7 nm (Figure 7(d)). Moreover, protruding structures were
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Figure 4: Examples of typical local nanodefects in the spectrin network. (a) AFM 2D image, 660 × 660 nm2, of a basic spectrin matrix
element, with a broken ankyrin (red) connection. (b) AFM 3D image, 700 × 700 nm2, of a spectrin network element with three distorted
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observed on the surface, possibly formed by spectrin, proteins,
or vesicles.

The shape and geometric parameters of spectrin matrix
nanostructures were also estimated based on AFM 2D images
reconstructing the gradient distribution of the nanostruc-
ture’s height over its surface, grad h x, y (Figure 3). Bright
outlines represented fields where the grad h x, y value was
larger. This occurred in regions where the height changed
abruptly, such as where discontinuities and dips in the
spectrin network were detected. Conversely, dark areas cor-
responded to regions where grad h x, y ≈ 0; that is, the
height did not change.

Thus, an increase in the temperature from 36 to 50°С
resulted in a substantial transformation of the spectrin
matrix nanostructure, from a regular spectrin network to
an irregular and disordered pattern. The dynamics of repre-
sentative spectrin matrix nanostructure transformations as a
function of increasing temperature are shown in Figure 8. As
blood temperature increased, the percentage of different
spectrin matrix configurations on the surface of ghost RBCs
changed and is summarised by the histogram in Figure 8(e).

The colours on the histogram correspond to the markers on
the AFM 2D images shown in Figures 8(a)–8(d).

Going from 20 to 50°С, the percentage of spectrin net-
works whose elements were < 250 nm dropped from 75 ±
10% (20–36°C) to 18 ± 8% (39–40°C) and finally to 1 0 ±
0 3% (49–50°C).

The change in spectrin matrix nanostructure was associ-
ated with a disruption of the connections between spectrin
filaments and membrane proteins, topological dips and
clustering of membrane proteins, and spectrin denaturation.
The probability of these processes varied with temperature,
which led to a certain dynamics in network configurations.

4. Discussion

In the present study, we performed in vitro biophysical
experiments to show specific topological nanodefects in
the spectrin matrix under varying blood temperature condi-
tions. Temperature is the main factor in the study of any
material as it affects intermolecular interactions and, thus,
phase transition of matter. Temperature is particularly
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Figure 5: Influence of temperature at 36–37°С on spectrin matrix nanostructure. (a) AFM 3D image showing RBCmorphology, 38 × 38μm2.
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important for biological molecules, such as polymers and
biopolymers, of which spectrin is an example [30]. A key
point addressed by the present work was the influence of
temperature in the physiological range (36–42°C) on the
spectrin matrix structure.

Spectrin is the main protein of the spectrin matrix; it is
made of a fibrillar molecule with a length of 180–200 nm
and a thickness of 2–3nm [31]. The spectrin molecule
consists of two large alpha and beta polypeptide chains,
associated in the antiparallel direction, and with a length of
100nm. Dimers are self-associated into tetramers, and these
interact with ankyrin. The binding of ankyrin to the cytoplas-
mic domain enables the attachment of the cytoskeleton to the

plasma membrane (Figure 4). At its end, the tetramer binds
the protein band 4.1 and the short actin filament, forming a
network [32, 33].

Under normal physiological conditions (36–37°C), most
of the spectrin matrix nanostructure (>70%) forms a regular
network with spacing comparable to the length of spec-
trin filaments (Figures 5, 8(a), and 8(e)). Higher physiologi-
cal temperatures (39–40°C) result in a transitional state
(Figure 6, 8(b), 8(c), and 8(e)), whereby only 20% of the
spectrin matrix forms a regular network and 40% forms an
ordered structure but with spacing greater than in the
control, and the remaining spectrin matrix is found in
an irregular structure that does not resemble a network.
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The consequence of this distribution may be a change in
the cells’ morphology and altered blood rheology. Finally,
at 42–43°C, almost 95% of the spectrin matrix forms an
irregular structure.

Special attention was given to temperature in the range
of 49–50°C, at which spectrin denaturation occurs [29].
This leads to the RBC membrane in vitro to lose its stabil-
ity [29]. In this case, the spectrin matrix is in a chaotic
state in almost all RBC ghosts (Figure 7, 8(d), and 8(e)),
making it impossible to adequately quantify the parame-
ters of the spectrin structure.

All these processes and measurements are of a statistical
nature, explaining why at 39–40°C regular networks and
irregular structures are observed simultaneously, whereas at
36–37°C most of the spectrin matrix has a regular and peri-
odically spaced structure, and at 49–50°C it acquires a clearly
irregular structure.

An increase in temperature can cause rupture of the
bonds in the spectrin matrix, akin to that observed following
the action of toxic and oxidative factors. Changes to the

nanostructure of the spectrin matrix will lead to different
outcomes, depending on whether the factor acts on actin
[34] or ankyrin junctions [35, 36].

Local alterations to the spectrin matrix arising from
changes in blood temperature are potential active centres
for local topological defects in RBC membranes. Similar local
topological defects were observed following the action of
pharmacological agents, ionizing radiation, and long-term
storage of blood [15, 23, 25, 37], resulting in alterations to
the biophysical processes in RBCs.

A change in the spectrin matrix can alter the rheolog-
ical properties of blood. Previous studies have investigated
the relationship between the mechanical properties of
RBCs and the structural basis of the spectrin matrix. For
example, they have explored the correlation between the
size of the cytoskeleton network and stiffening of the cells
[3]. The membrane skeleton is assumed to be responsible
for maintaining the shape of the erythrocyte and permit-
ting the large deformations that allow it to survive repeated
passage through narrow capillaries [4]. The reversible
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rearrangement of the spectrin network has been shown to
allow rapid and large deformations, thus ensuring the
mechanical stability of the membrane [28]. Given their role
as structural nodes in the membrane skeleton, actin

filaments directly control the biomechanical properties of
the RBC membrane [38]. Theoretical studies have also been
conducted to establish the relationship between mechanical
properties of deformable RBCs and the structure of the
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spectrin matrix [30]. At the same time, much remains
unclear. In particular, the structure of spectrin in vivo and
the processes underlying its changes when the membrane is
deformed are still awaiting clarification [39].

5. Conclusion

Using direct in vitro biophysical experiments under con-
trolled conditions, we show how the nanostructure of the
RBC spectrin matrix changes from a regular network to a
chaotic pattern with increasing temperature. This study can
be used as the basis for understanding how an increase in
body temperature can affect RBC membrane nanostructure,
morphology, and, ultimately, blood rheology.
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Fe3O4 nanoparticles (NPs) as a commonly used carrier in targeted drug delivery are widely used to carry drugs for the treatment of
diseases. However, the mechanism of action of between Fe3O4 NPs and biological membranes is still unclear. Therefore, this article
reports the influence of hydrophilic and hydrophobic Fe3O4 NPs on mixed 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine
(POPC) and 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) that were studied using the Langmuir-Blodgett (LB) film
technique and an atomic force microscope (AFM). From surface pressure-area (π-A) isotherms, we have calculated the
compression modulus. The results showed that hydrophobic Fe3O4 NPs enlarged the liquid-expanded (LE) and liquid-
condensed (LC) phase of the mixed POPC/DPPC monolayers. The compressibility modulus of the mixed POPC/DPPC
monolayer increases for hydrophilic Fe3O4 NPs, but the opposite happens for the hydrophobic Fe3O4 NPs. The adsorption of
hydrophobic Fe3O4 NPs in mixed POPC/DPPC monolayers was much more than the hydrophilic Fe3O4 NPs. The interaction of
hydrophilic Fe3O4 NPs with the head polar group of the mixed lipids increased the attraction force among the molecules, while
the interaction of hydrophobic Fe3O4 NPs with the tail chain of the mixed lipids enhanced the repulsive force. The morphology
of the monolayers was observed by AFM for validating the inferred results. This study is of great help for the application of
Fe3O4 NPs in biological systems.

1. Introduction

Nowadays, nanoparticles (NPs) have been used in the
research of new materials, biological imaging, biosensors,
drug delivery, and other biotechnologies or biologically
related systems [1–5]. Fe3O4 NPs, which have the character-
istics of low toxicity and high biocompatibility, especially
play a unique role in the study of drug delivery systems [6–
9]. Based on the magnetic properties of Fe3O4 NPs, it can
be used as a carrier to carry targeted drugs to be accurately
transported to cancer cell areas. However, in order for nano-
particles to enter the cell, it is necessary to understand the
interaction of the nanoparticles with the biofilm. Hence, it
is urgent to study the effects of Fe3O4 NPs and biofilms.

A biological membrane mainly contains all kinds of
lipids, cholesterols, and proteins [10, 11]. Owing to the
complexity of its composition, researches have used the
model of lipids to study its structural characteristics. In
the past years, people mainly studied the effects of Fe3O4

on the single lipid layer [1]. There were few researches
who committed to Fe3O4 NPs and multilipids, especially
to compare the different properties of Fe3O4 NPs with
those of biofilm models. Therefore, it is necessary to study
the effects of hydrophilic and hydrophobic Fe3O4 NPs on
mixed lipid monolayers.

The Langmuir-Blodgett (LB) method is one of the most
favorable tools for the in vitro study of the interaction at the
air-water interface [12–14]. The importance of electron
microscopy to modern technology is self-evident, and the
atomic force microscope (AFM) is a scanning probe micro-
scope known for its unique measurement conditions (room
temperature and no vacuum) and high-resolution surface
topography. AFM is widely used in many fields, such as in
materials science, nanotechnology, biology, and the semicon-
ductor industry [15]. Due to the nanoscale of the AFM tip, it
can better observe the surface topography and structure of the
nanoparticles and biofilm simulation. In this study, we used
1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC)
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and 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC)
lipids as binary biological membrane models to explore the
interaction of hydrophilic and hydrophobic Fe3O4 NPs with
biologicalmembranemodels.Weuse LBandAFMtechniques
to study the stability, fluidity, and adsorption of monolayers.

2. Materials and Methods

2.1. Materials. 1,2-Dipalmitoyl-sn-glycero-3-phosphocho-
line (DPPC) and 1-palmitoyl-2-oleoyl-sn-glycero-3-pho-
sphocholine (POPC) were purchased as powders from
Avanti Polar Lipids (AL, USA). Hydrophilic Fe3O4 NP solu-
tion (10nm avg. part. size, 5mg/mL in H2O) and hydropho-
bic Fe3O4 NP solution (10 nm avg. part. size, 5mg/mL in
toluene) were purchased from Sigma-Aldrich. In these exper-
iments, the water was the Milli-Q water (18.2MΩ·cm)
obtained from a Millipore purification system.

2.2. Methods. Monolayer experiments were carried out with
Langmuir-Blodgett (LB) films (KSV Minitrough, Finland).
These are made up of two barriers and a Wilhelmy plate. In
the experiments, a Langmuir trough and two barriers were
cleaned at least three times with anhydrous ethanol and
ultrapure water alternately. The temperature of the subphase
was maintained at 22 ± 0 5°C by circulating water equip-
ment. The exact volume of the lipid solution was added to
the air-water interface by a Hamilton microsyringe [16].

The surface pressure-area (π-A) isotherm curve of the
monolayer can be autoobtained by computer. In order to
increase the reliability of the experimental data, the experi-
mental data were repeatedly computed at least three times.
The monolayer was deposited onto freshly cleaved mica at
the surface pressures of 5mN/m and 20mN/m by a pulling
device with a speed of 1mm/min. The transfer ratio is close
to a unit, indicating that mica is almost completely covered
with single layer.

The microstructures of LB monolayers were observed
using the SPM-9500-J3 atomic force microscope (AFM)
(Shimadzu Corp., Japan) in tapping mode at room tempera-
ture. The AFM images of the maximum scanning area of
125× 125μm and a Z range of about 8μm was collected
using a micro-V-shaped cantilever probe (Olympus Optical
Co. Ltd., Japan). The probe was made of Si3N4 with a spring
constant of 0.06N/m and a tip radius of 10nm. The images
were collected simultaneously with 512 × 512 points and a
scanning rate of 1.0Hz per line.

3. Results and Discussion

3.1. π-A Isotherms and Cs
−1 of Monolayers with Hydrophilic

and Hydrophobic Fe3O4 NPs. The surface pressure-area (π
-A) isotherms can be used to reflect the phase behavior and
thermodynamic properties of the lipid monolayers. The π-A
isotherms of POPC/DPPC monolayers with different molar
ratios at the air-water interface are shown in Figure 1(a). For
a pure DPPC monolayer, the coexistence region of the
liquid-expanded and liquid-condensed (LE-LC) phase was
observed at the surface pressure of 4.5mN/m, which is consis-
tent with literature [17]. When XPOPC = 0 25, the phase

transition point of the LE-LC phase was still observed. How-
ever, when XPOPC was increased to 0.5 and 0.75, the
plateau-like LE-LC phase disappeared. The phase transition
temperatures of DPPC and POPC are 41°C and -2°C, respec-
tively [18]. At room temperature, the DPPC phase is in the
gel phase and the POPC phase is in the liquid phase. Themix-
ture of POPC/DPPC showed a different phase behavior from
pure lipids.

Figures 1(b) and 1(c) show the π-A isotherms of mixed
POPC/DPPC monolayers with the different subphase,
respectively. In the subphase, the concentration of hydro-
philic and hydrophobic Fe3O4 NPs was 0.016mM, which
was consistent in all experiments. We found that the iso-
therms moved to the direction of a larger area for the
hydrophobic Fe3O4 NP case than for the hydrophilic
Fe3O4 NP case.

In order to more easily understand the effect of hydrophi-
lic/hydrophobic Fe3O4 NPs on the isotherms of the lipid
monolayers, the relevant information is summarized in
Figure 2. The lipid monolayers have three characteristic
parameters: limiting area A∞ (an empirical parameter
approximating the area occupied by the molecules at zero
pressure), collapse pressure πc, and lift-off area AL (the
molecular occupation area where the isotherm rising just
emerges related to the baseline) [19].

The limiting area of pure DPPC monolayers is only
38.8Å, while the limiting area of pure POPC is 65.76Å. After
the hydrophilic/hydrophobic Fe3O4 NPs are added to the
subphase, the limiting area of the monolayers increases and
the hydrophobic Fe3O4 NPs are larger than the hydrophilic
Fe3O4 NPs. The collapse pressure decreases with the increase
of XPOPC. In the presence of POPC molecules, hydrophobic
Fe3O4 NPs significantly affect the collapse pressure of the
monolayers, resulting in a significant dropping of the col-
lapse pressure. Compared with pure DPPC monolayers, the
lift-off area of DPPC monolayers is higher in the presence
of hydrophilic Fe3O4 NPs, but lower in comparison with
hydrophobic Fe3O4 NPs.

The compression modulus Cs
−1 can be calculated from

the π-A isotherms [20, 21] to study the compression or
elastic properties of the Langmuir monolayers. It is calcu-
lated as follows:

C−1
s = −A

∂π
∂A T

, 1

where A and π are the mean molecular area and surface
pressure, respectively.

The maximum value of compression modulus Cs max
−1

indicates the rigid state of Langmuirmonolayers. Figure 3 rep-
resents the compression modulus versus area (Cs

−1 vs. A) of
certainmolar ratios ofmixedPOPC/DPPC(purePOPCblack,
DPPC olive, X = 0 75 red, X = 0 5 blue, X = 0 25magenta) at
the air-water interface.

For convenience, the maximum value of compression
modulus Cs max

−1 is shown in Figure 4. In Figure 4, the
Cs max

−1 values of pure DPPC and POPC monolayers are
202.89mN/m and 86.78mN/m, respectively, indicating that
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Figure 1: The surface pressure-area (π-A) isotherms of a mixed POPC/DPPC monolayer. (a) Pure lipids; (b) hydrophilic Fe3O4 NPs; (c)
hydrophobic Fe3O4 NPs.
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Figure 2: (a) Limiting area A∞. (b) Collapse pressure πc. (c) Lift-off area AL of mixed POPC/DPPC monolayers with different subphases.
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Figure 3: The compression modulus versus area (Cs
−1 vs. A) of mixed POPC/DPPC (pure POPC black, DPPC olive, XPOPC = 0 75 red,

XPOPC = 0 5 blue, and XPOPC = 0 25 magenta) with different subphases. (a) Water; (b) hydrophilic Fe3O4 NPs; (c) hydrophobic Fe3O4 NPs.
Inset: plot of Cs

−1 vs. π dependencies.
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they are in the liquid-gel phase and the liquid phase,
respectively. As the proportion of POPC increases, the
Cs max

−1 values of the mixed POPC/DPPC monolayers
decrease, indicating that the phase transitions of mixed
lipids are in the coexistence of the gel phase (DPPC) and
liquid phase (POPC). The presence of POPC obviously
enhances the fluidity of Langmuir monolayers. The com-
pressive modulus of DPPC decreased slightly when hydro-
philic Fe3O4 NPs were added into the subphase. However,
the addition of hydrophobic Fe3O4 NPs can increase the
rigidity of the DPPC monolayer.

3.2. The π-t Adsorption Curve of Mixed POPC/DPPC
Monolayers. In our experiments, to understand the adsorp-
tion or permeability of exogenous substances such as drugs
or nanoparticles to the cell membrane, the change of adsorp-
tion capacity is usually explained by the change of surface
pressure over time [1, 22]. Figure 5 shows the surface
pressure-time (π-t) adsorption curve of different molar ratios
of mixed POPC/DPPC at the initial pressure of 5mN/m and
20mN/m. Figure 5(a) shows the change of surface pressure
of the DPPC and POPCmonolayers at an initial surface pres-
sure of 5mN/m. The surface pressure of the DPPC mono-
layer gradually decreases with increasing time. The surface
pressure of the mixed lipid monolayers increases slightly as
the proportion of POPC increases. We found that the
adsorption curves of the mixed POPC/DPPC with hydrophi-
lic/hydrophobic Fe3O4 NPs were different from the pure
lipids (Figures 5(b) and 5(c)). The surface pressure of mixed
lipids in the presence of hydrophilic Fe3O4 NPs is higher than
that of pure lipids, while the surface pressure of mixed lipids
with hydrophobic Fe3O4 NPs is significantly lower than that
of pure lipids. The change in the adsorption curves of both
pure and mixed POPC/DPPC at an initial surface pressure

of 20mN/m is similar to the change in initial surface pressure
of 5mN/m, but the former is more varied than the latter. It is
found from Figures 5(d) and 5(f) that the effect of hydro-
philic and hydrophobic Fe3O4 NPs on the adsorption curve
of mixed lipid monolayers is more notable at high surface
pressure (20mN/m).

At the initial surface pressure of 5mN/m, the Δπ (sur-
face pressure difference from 0 to 100 minutes) increases
with the increases of XPOPC. However, at the initial surface
pressure of 20mN/m, the Δπ decreases with the increase of
XPOPC. This may be due to the unsaturated tail chain of
POPC molecules, which increases the fluidity of the mono-
layer and makes it easier for it to adsorb to the interface. It
is also observed that hydrophobic Fe3O4 NPs have a greater
influence on the interfacial adsorption capacity than hydro-
philic Fe3O4 NPs. Due to the hydrophobic nature of nano-
particles, part of the lipid molecules are extruded from the
interface or form NP-lipid complexes into the subphase. At
the initial surface pressure of 20mN/m, hydrophobic Fe3O4
NPs have a significant effect on the adsorption of lipid
monolayers. The surface pressure of the adsorption curve
have larger increases with the increase of XPOPC, compared
with that of DPPC monolayers. The change of high surface
pressure is much more than that of low surface pressure.
Because of the tight intermolecular arrangement of lipid
monolayers at high surface pressures, the electrostatic
repulsion of lipid tail chains is enhanced.

3.3. The Thermodynamic Analysis of Mixed POPC/DPPC
Monolayers. For the miscibility and stability of mixed lipid
monolayers, we can clarify their thermodynamic properties
with the excess mean molecular area (Aexc) and excess Gibbs
free energy (ΔGex). For binary mixtures, we give the surface
pressure π, ideal area per molecule Aideal, excess mean molec-
ular area Aexc, and excess Gibbs free energy ΔGex [16, 23, 24];
they are defined as follows:

Aideal POPC/DPPC = XPOPCAPOPC + XDPPCADPPC,
Aexc POPC/DPPC = A12 − Aideal POPC/DPPC ,

ΔGex =NA

π

0
Aexcdπ,

2

where APOPC and ADPPC are the areas per molecule of POPC
and DPPC in pure monolayers at the considered π, and
XPOPC and XDPPC are the molar fractions of POPC and DPPC
in the binary mixtures, respectively; A12 is the experimental
evaluation of the area per molecule of the binary mixtures,
π is surface pressure, and NA is the Avogadro number.

The Aexc values of the mixed lipids in the case of ideal
miscibility or complete immiscibility is zero [25]. According
to previous reports, Aexc > 0 indicates that the lipid molecules
are repulsive interactions, and Aexc < 0 indicates that the lipid
molecules are attractive interactions [26]. Figure 6 shows the
excess mean molecular area and excess Gibbs free energy of
lipid monolayers. A negative value of Aexc (XPOPC = 0 25)
indicates that there is an attractive interaction. A positive
value of Aexc (XPOPC = 0 5) indicates that the equimolar
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POPC and DPPC have a repulsive interaction. In the exper-
iments, hydrophilic Fe3O4 NPs enhanced the attraction
interaction of mixed POPC/DPPC (XPOPC = 0 25) mono-
layers. The content of POPC molecules in the monolayers
was further increased, and the molecular interaction in the
mixed monolayers were transformed from repulsive to
attractive interactions (Figure 6(b)). This is because the inter-
action between hydrophilic Fe3O4 NPs and the polar head of
mixed lipids weakens the interaction of lipid molecules. In
the presence of hydrophobic Fe3O4 NPs (Figure 6(c)), the
value of Aexc (XPOPC = 0 25) decreases to the negative value
as the surface pressure increases, indicating that the interac-
tion between the force changes from repulsive force to attrac-
tive force. AtXPOPC = 0 5 and XPOPC = 0 75, the values ofAexc
are positive and negative, respectively. In contrast to hydro-
philic Fe3O4 NPs, the repulsion interaction between lipid
molecules is enhanced or the attraction interaction is attenu-
ated in the presence of hydrophobic Fe3O4 NPs. In

Figure 6(d), the value of ΔGex has a minimum at XPOPC =
0 25, indicating that the monolayers are most stable at
POPC :DPPC (1 : 3), and the case of hydrophilic Fe3O4 NPs
is similar to this condition. However, for the hydrophobic
Fe3O4 NP subphase, the most stable lipid monolayers are
POPC :DPPC (3 : 1).

3.4. The AFM Images of Pure POPC and DPPC and Different
Molar Ratios of Mixed POPC/DPPC Monolayers with
Hydrophilic and Hydrophobic Fe3O4 NPs at the Air-Water
Interface. The AFM images of mixed POPC/DPPC mono-
layers at the initial pressures of 5mN/m and 20mN/m are
shown in Figures 7 and 8, respectively.

In Figure 7(a), the pure DPPC monolayers at an initial
surface pressure of 5mN/m were in the LE-LC phase, and
a polygonal irregular sheet-like structure was observed in
the AFM image. With the increase of XPOPC, it can be
observed that the DPPC domains are gradually reduced
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Figure 5: Surface pressure-time (π-t) adsorption curve of different molar ratios of mixed POPC/DPPC at the initial surface pressure of
5mN/m and 20mN/m. (a and d) Lipid, (b and e) hydrophilic Fe3O4 NPs, and (c and f) hydrophobic Fe3O4 NPs.
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and the POPC liquid phase appears. The AFM pattern of
the DPPC monolayers with hydrophilic Fe3O4 NPs shows
a partially dispersed platelet-like structure. The mixed

POPC/DPPC (XPOPC = 0 25) monolayers with hydrophilic
Fe3O4 NPs showed a porous, irregular sheet-like structure,
which was more compact than pure XPOPC = 0 25. Due to
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Figure 6: Excess mean molecular area (Aexc) and excess Gibbs free energy (ΔGex). (a and d) Lipid, (b and e) hydrophilic Fe3O4 NPs, and (c
and f) hydrophobic Fe3O4 NPs.
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Figure 7: AFM images of mixed POPC/DPPC at the initial pressure of 5mN/m.
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the interaction between the hydrophilic Fe3O4NPs and the
head of the DPPC molecules, the DPPC molecules or
NP-DPPC complexes enter the subphase, which affects the
DPPC monolayers in the interface arrangement. For the
hydrophobic Fe3O4 NP condition, it showed many large
patches of uniform structure. With the increase of XPOPC,
the large platform structure collapses into many small
domains. This may be because of the repulsive interaction
of hydrophobic Fe3O4 NPs with the tail chain of the mixed
lipid molecules resulting in the lipid-NP complexes entering
the subphase.

When the surface pressure is raised to 20mN/m, the
DPPC monolayers show a more uniform layered structure.
With the increase of XPOPC, the monolayer forms more
small-area structures. The monolayers have the phase

separation structure. At high surface pressure (20mN/m),
the lamellar structure of DPPC monolayers is more compact
in the presence of hydrophilic Fe3O4 NPs. When the sub-
phase is Fe3O4 NPs, the DPPC monolayers become more
condensed. However, for the hydrophobic Fe3O4 NPs, the
monolayer structure becomes more obvious. The interaction
of hydrophilic Fe3O4 NPs with the lipid head enhances the
attraction interaction between lipid molecules.

Figures 9(a) and 9(b)) represent the surface roughness for
the AFM images of mixed POPC/DPPC monolayers at the
initial pressure of 5mN/m and 20mN/m, respectively.

In Figure 9, at an initial surface pressure of 5mN/m, the
presence of Fe3O4 NPs increases the surface roughness of
the mixed POPC/DPPC monolayer, and the effect of hydro-
phobicity is stronger than that of hydrophilicity. However,
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Figure 8: The AFM images of mixed POPC/DPPC monolayers at the initial pressure of 20mN/m.
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Figure 9: Surface roughness for the AFM images of mixed POPC/DPPC monolayers at the initial pressures of (a) 5mN/m and (b) 20mN/m.
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when the initial surface pressure is 20mN/m, the effect of
Fe3O4 NPs on the roughness of mixed POPC/DPPC is not
obvious, and the variation range is only 0.15 nm. This may
be due to the disordered arrangement of lipid molecules at
low surface pressure. When the surface pressure increases,
the order between the lipid molecules increases and leads to
the dense distribution of lipid molecules, and the effect of
Fe3O4 NPs on the roughness of the mixed POPC/DPPC
monolayer is not significant.

4. Conclusion

In this paper, the influence of the subphase of mixed
POPC/DPPCmonolayerswas studied using the LB technique.
The different content has great influence on the structure of
monolayers. The subphase especially contains Fe3O4NPswith
different properties. To further illustrate the interaction of
lipids with Fe3O4NPs, we usedAFM to study the surfacemor-
phology between them. The results show that the repulsive
interaction of hydrophobic Fe3O4 NPs with the tail chain of
the mixed lipid molecules results in the lipid-NP complexes
entering the subphase. The interaction of hydrophilic Fe3O4
NPs with the lipid head enhances the attraction interaction
between lipid molecules. Meanwhile, Fe3O4 NPs can increase
the roughness of the mixed POPC/DPPC monolayer at low
surface pressure and the effect of hydrophobicity is stronger
than that of hydrophilicity; however, the effect is not obvious
under high surface pressure. This study helps us gain new
insights for the interaction between nanoparticles and mole-
cules. This could have a potential application in designing
the targeted drug liposomes.
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The ability of membranes of native human red blood cells (RBCs) to bend into the cell to a depth comparable in size with physiological
deformations was evaluated. For this, the methods of atomic force microscopy and atomic force spectroscopy were used. Nonlinear
patterns of deep deformation (up to 600 nm) of RBC membranes were studied in normal state and under the action of modifiers:
fixator (glutaraldehyde), natural oxidant (hemin), and exogenous intoxicator (zinc ions), in vitro. The experimental dependences of
membrane bending for control RBC (normal) were approximated by the Hertz model to a depth up to 600nm. The glutaraldehyde
fixator and modifiers increased the absolute value of Young’s modulus of membranes and changed the experimental dependences
of probe indentation into the cells. Up to some depth hHz, the force curves were approximated by the Hertz model, and for deeper
indentations h > hHz, the degree of the polynomial function was changed, the membrane stiffness increased, and the pattern of
indentation became another and did not obey the Hertz model. Quantitative characteristics of nonlinear experimental dependences
were calculated for deep bending of RBC membranes by approximating them by the degree polynomial function.

1. Introduction

The mechanical properties and structural organization of
membranes determine the functional state of red blood cells
(RBCs). Deformability is one of the key physiological and
biophysical indicators of RBC [1]. Changes of the mechanical
characteristics of cell membranes can lead to a decrease in the
rate of capillary blood flow and to development of stagnant
phenomena in the microcirculation, and it can also reduce
the amount of oxygen delivered to the tissues.

During circulation, RBCs are constantly deformed, pass-
ing through narrow capillaries [2, 3]. Elastic properties of
RBC are largely determined by the stiffness of their mem-
branes and the state of the cytoskeleton lining the inner side
of the cell [4]. In studies of RBC membrane stiffness, Young’s
modulus is often determined at probe indentation to depths

of 10–50 nm [5]. But, since RBCs undergo significant defor-
mations in the capillaries, it is of particular interest to study
the nonlinear laws of membrane deformation into native
cells to depths comparable in size with the values of their
physiological deformations (0.5μm and more).

A true estimation of the elastic properties of RBC mem-
branes can be obtained only by measurement of native cell
properties. In this case, the result will be the closest to the
characteristics of a living biological object.

Measurement of the mechanical properties of mem-
branes of native blood cells is a technically and methodically
complex task. During the scanning of cells in a liquid, they
can be removed by a probe. To exclude this, fixators are used:
glutaraldehyde, ethanol, and osmium tetroxide [6–9]. How-
ever, fixators introduce changes in the structure of cells,
which in turn can lead to a shift in the estimation of Young’s
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modulus of membranes. The stiffness of RBC membranes is
also substantially dependent on the influence of oxidants,
agents of intoxication, and various diseases [3, 7, 10–15].
Estimates of the absolute values of Young’s modulus of
RBC membranes in works that studied this problem differ
dozens of times [16–19]. Therefore, the study of the ability
of native RBC membranes to be bent to large depths after
the action of external factors of various natures is an
important biophysical and medical problem.

In this work, the stiffness of the RBC membrane was
measured under physiological conditions using atomic force
microscopy (AFM), in vitro. The main method for quantify-
ing the mechanical characteristics of cellular surfaces is
atomic force spectroscopy (AFS). Both visualization (AFM)
and measurement of cell membrane stiffness (AFS) are
realized on one set of equipment and allow obtaining results
with the highest resolution available in modern studies [5].

The aim is to study nonlinear mechanical characteristics
of deep deformation of native RBC membranes in normal
state and under the action of modifiers, in vitro.

2. Materials and Methods

2.1. The Scheme of Experiments. Experiments in vitro were
carried out according to the scheme shown in Figure 1. In
the first stage of the experiment, a suspension of erythrocytes

was prepared. For this, 150μl of fresh human blood was
centrifuged at 3000 rpm during 5 minutes to separate blood
cells from plasma. Plasma was removed, and the volume was
brought to that of the original blood sample with PBS,
pH7.4 (PBS Tablets, MP Biomedicals, USA). Hence, in sus-
pension, RBC concentration was the same as in initial blood.
The RBCs were washed three times in PBS. In the second stage
of the experiment, various modifiers were added to RBCs.

2.2. RBC Suspensions. Blood sampling was carried out in
microvettes with EDTA (Sarstedt AG and Co., Germany)
during a prophylactic examination from 8 donors. All exper-
iments were carried out in accordance with guidelines and
regulations of the Federal Research and Clinical Center of
Intensive Care Medicine and Rehabilitology, V.A. Negovsky
Scientific Research Institute of General Reanimatology,
Moscow, Russian Federation. All experimental protocols
were approved by this Institute.

2.3. Modifiers. Studies of local stiffness of RBC membranes
were carried out for the native RBCs (control) and native
cells after the action of modifiers. We used such agents as
glutaraldehyde (GA) (RBC membrane fixator), hemin
(natural oxidant), and Zn2+ (heavy metal ions). Glutaralde-
hyde modifies complexes of actin and band 3 (crosslink of
cells proteins) [8], heavy metal ions Zn2+ are binding to
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Figure 1: Scheme of experiments.
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protein structures causing their aggregation [20], and hemin
can destroy spectrin, influence on band 4.1, weaken con-
nection spectrin-band 4.1, and weaken the stability of the
membrane cytoskeleton [21].

In experimental series I, dry hemin (Sigma, USA) was
used to prepare the work solution. First, 200mg of NaOH
was dissolved in 10ml of distilled water and solution A was
obtained. Then 50mg of hemin powder was dissolved in
1ml of solution A and 5ml of distilled water was added,
and solution B was obtained. 50μl (H50) or 80μl (H80) of
solution B were added into microvettes with blood. The
incubation time was 60 minutes.

In experimental series II, 180mg of ZnSO4 (Sigma, USA)
was dissolved in 10ml of phosphate buffer PBS, pH7.4, to
prepare the modifier. Then, 10μl of the resulting solution
was added to 100μl of RBCs, which was previously centri-
fuged at 500 rpm for 5 minutes to remove plasma. The
concentration of Zn2+ ions in blood in vitro was 4mM.

In experimental series III, 0.2% and 1% glutaraldehyde
(Panreac Quimica SLU, Spain) was used as a modifier. A
solution of glutaraldehyde was added into blood in a volume
ratio of 1 : 1. These suspensions were marked correspond-
ingly as GA 0.2% and GA1%. The cell suspension was
incubated up to 4 minutes.

2.4. Preparation of RBC Samples for AFS. Сover glasses were
used as the substrate for formation of RBC monolayers. The
glasses were previously left in solution of polylysine at a
concentration of 1mg/ml in a Petri dish for 12 hours, then
the glasses were air-dried for 2 hours. Polylysine creates
positive charges over the substrate that interacts with the
negative charges found over the RBC membrane [22].

The method of sedimentation was used to prepare the
monolayer. To do this, 50μl of RBC was diluted in 10ml of
phosphate buffer PBS. Then, 200μl of erythrocyte suspension
was dropped on glass with polylysine and left for 20min for
sedimentation of the cells, the drop does not dry out. The
resulting sample was washed in PBS during 10 seconds
and scanned by AFM. If native RBC is displaced from the
substrate, the optical method of cell indication was used.

2.5. Atomic Force Microscopy. The atomic force microscope
(AFM) NTEGRA Prima (NT-MDT, Russian Federation)
was used to obtain сell and membrane images and to measure
local stiffness of RBC membranes in a liquid. To acquire
images, NSG01 cantilevers (Nanosensors, Switzerland) with
a force constant of 5N/m and tip radius of 10 nm were used.
The numbers of scan points were 512 and 1024. Measure-
ments of local stiffness of RBC membranes were performed
by ASF on the vertical displacement of a piezoscanner, where
the sample was placed [14, 23]. To measure the deforma-
tion of the membrane, the type SD-R150-T3L450B-10
(Nanosensors, Switzerland) cantilever was used. The radius
of the cantilever probe was 150nm, the coefficient of
elasticity was 1N/m, the probe height was 15μm, and
the resonance frequency was 21 kHz.

To measure stiffness, RBCs were scanned in an AFM field
100× 100μm2; a group of cells was selected for the study and
scanned in the field of 30× 30μm2. Then, in the atomic force

spectroscopy mode, a marker was placed on the cell image
and the region was exposed to an indenter (probe) with the
force F. The characteristics and peculiarities of deep penetra-
tions of the probe into the membrane were studied. That is,
curves of the piezoscanner’s approach was used in the analy-
sis of the experimental data, I z and correspondingly F h .

2.6. The Process of Measurements and Probes. The elasticity
coefficient K of the cantilever should be comparable with
the mean stiffness coefficient Km of the cell membrane
[24, 25]. If Km ≫ K (glass), then a dependence between
the force F and the deviation of the cantilever L is deter-
mined by Hooke’s law, F = −KL, and the force curve is
linear. In this case, L = Z and indentation depth h⟶ 0.
If the probe interacts with the membrane and Km ≪ K ,
then h⟶ Z, and the membrane does not exhibit elastic
properties. If the probe interacts with membrane and
Km ≈ K , then F = − 1/K + 1/Km h −1 L, and the probe
bends the cell membrane to a depth of h (h < Z).

Based on the experimental data, the optimal value of K
for measuring the local stiffness of RBC membranes is in
the range of 10–50N/m for dry cells and 0.05–1.8N/m for
native cells.

The time of probe indentationwas at least 5–10 seconds in
our work. Fast indentation can change the mechanical reac-
tion of RBC membranes [19]. The aim of the study was not
to investigate the change in force curves as a function of the
time of penetration. Therefore, long penetration times of
the indenter were chosen. The speed of indenter penetration
was 0.05–1μm/s. With such penetration rates, no effects of
viscosity-related friction forces were observed.

The tip radius R should be not less than 50–80 nm. A
small R (10–30 nm) leads to probe penetration into the mem-
brane structure [1, 25]. As a result, rupture of the membrane
is possible. For the registration of the Km membrane, it is
necessary for R to be larger than the size of the spectrin
matrix element.

The tip height should be not less than the height of the
RBC (2–10μm).

Cantilever calibration on highly rigid material (e.g., glass)
must be carried out before and after each series of measure-
ments [14, 23]. The empirical force curve is the dependence
of photodiode deflection current I on the magnitude of the
vertical displacement Z of the piezoscanner, I Z . These
parameters can be varied during measurements on AFM,
depending on the purpose and object of the study. For our
experiment, the maximum limits of piezoscanner shift were
set as Zmax = 2000nm and current Imax = 0 3 – 0 6 nA.

2.7. Statistical Analysis. In the work, the following groups of
RBC from donors were analyzed: control—8 donors, after
exposure by GA0.2%—3 donors, GA1%—3 donors, H50—3
donors, H80—3 donors, and Zn2+—2 donors. In total, 22
RBC samples were analyzed. For each sample, 50 native cells
were analyzed. For them, experimental force curves were
registered. Moreover, experimental dependences F h were
created. In total, the quantitative characteristics of 1100
native cells were analyzed and calculated. All standard
statistical calculations of all obtained experimental results
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and mathematical modeling were performed by Origin 9
(OriginLab, Northampton, MA). One-way ANOVA was
used to determine statistical significance.

3. Results

3.1. Mechanical Characteristics of RBC Membrane Bending.
Elastic properties of RBC membranes, namely, the ability of
the membrane to bend into the cell under the action of the
applied force, was estimated from empirical force curves.
These characteristics were obtained by AFS. The local stiff-
ness of RBC membranes was estimated by Young’s modulus
E (N/m2), calculated from the Hertz model [26]

F = 4
3 ER

0 5h1 5, 1

where E is Young’s modulus of the material, R is the
tip radius, and h is the deformation depth (bending)

of the membrane. Such estimation is used for blood cell
membranes [9, 25, 27–30].

AFS can be performed both on dry cells and on native
RBC. Dry cells are easily fixed on a substrate (glass, mica,
etc.), and, most importantly, they can be scanned with a thin
(~10 nm) cantilever probe for analyzing their membrane
nanostructure (Figures 2(a), 3(a), and 4(a)). In these cases,
the resolution limit is a part of nanometers.

The method of sample preparation of native blood cells is
described in Methods. It is almost impossible to record the
nanostructure of native cells because of insufficient resolu-
tion of images. This is determined by the passage of the
AFM laser beam through the liquid medium in which the
RBCs are located. Another reason for the loss of high resolu-
tion is the use of probes with a large radius. In our works,
the tip radius was 150 nm. Therefore, the image of native
cells was blurred, but enough to set the points of tip probe
action (Figure 2(c)).

When the piezoscanner rises, the cantilever probe acts on
the application point of the RBC membrane with a given
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Figure 2: AFM images of RBC and force characteristics of the membranes. (a) 3D image of dry cells, 10× 10μm2, of membrane fragments,
and corresponding surface profiles. (b) Directly measured data I Z . (c) 3D images of native cells in a liquid medium, 50× 50 μm2.
Arrows—points of application of force F from the probe. (d) Force curves I Z after smoothing. I: the photodiode current (nA); Z: vertical
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force F. As a result, the laser beam deflects, forming a photo-
diode electrical current I. In Figure 2(b), the primary
(directly measured) data I Z are shown.

In Figure 2(c), 3D images of native cells in a liquid
medium, 50× 50μm2, are shown, and arrows indicate point
force F application from the probe. For two cells, force
curves I Z after smoothing by software are represented
(Figure 2(d)). The intersection of the empirical curve and
the level which is high than the baseline value of0 02ΔI
were established as contact pointZ0for further study. In this
point, I′ Z > 0. The value ΔI was set as ΔI = Imax − Ibaseline.

To further analyze the probe indentation process and to
calculate Young’s modulus E, it is necessary to pass from

the empirical function I Z (Figures 2(b) and 2(d)) to F Z
and F h , where F is the force acting on the sample and h
is the probe (tip) indentation depth, or membrane bending.
The transition from the photodiode current to the interaction
force was described earlier [5].

The functions F Z for glass and membranes of two
different RBCs are shown in Figure 5(a). The difference
between the Z coordinates for glass and the correspond-
ing membrane (1 or 2) is the value of the membrane
bending h into the cell due to probe action. From
Figure 5(a), it follows that membrane 2 is softer than
membrane 1, and therefore the bending of membrane 2
at a fixed force F is greater than the bending of membrane
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Figure 3: The influence of hemin on RBC membrane stiffness. (a) AFM images of RBCs, 3D image cells, 50× 50μm2, of a single cell,
10× 10 μm2, of a membrane defect in the form of a grain domain, and its profile. (b) Experimental curves F h for one RBC control, for
hemin H50, and for H80, and their approximation by the Hertz model. (c) Histograms of density of relative frequency of Young’s
modulus E for control, H50, and H80, approximated by the normal law of the Gaussian distribution. (d) Distribution function of Young’s
modulus E (approximation by the normal Gaussian law) for the control and after the influence of H50 and H80.

5Scanning



1: h2 > h1 (Figure 5(c)). The force F determines the deviation
L of the cantilever and simultaneously the deformation of the
membrane itself, that is, penetration of the probe into cell to a
depth h (Figure 5(a)):

h = Z – L 2

As the probe bends the membrane into RBC, the curve
F Z , for example, in Figure 5(a), can go to a straight line
parallel to the glass straight line. This will mean that the pro-
cess obeys Hooke’s law, and the probe will stop penetrating
into the cell structure, h⟶ const and Δh⟶ 0

The dependence F h is carried out using specialized
software developed by the authors. Figure 5(b) shows an
example of the functions F h for two membranes 1 and 2.

RBCs of each donor (in normal state and under differ-
ent effects on blood) had initially different absolute values
of the membrane modulus E. Therefore, an adequate esti-
mation of RBC membrane stiffness of a given donor
required the formation of a cell ensemble and further statis-
tical processing. For each donor, 50 functions F h were
carried out by measurement of 50 cell force curves. For
each function, Young’s modulus was calculated according
to 1; histograms of relative frequency density of the modu-
lus E were plotted. The data were approximated by the
Gaussian probability density function (Figures 3(c), 4(c),
5(d), and 6(c)).

3.2. Deformation (Bending) of Normal RBC Membranes. The
results of measurements of Young’s modulus E under bend-
ing of RBC membranes (h=600nm) for 8 healthy donors

4000

nm nm

20
15
10

5
0

600
500
400
300
200
100

0
0
dX: 10168.6 nm dY: −192.33 nm

0 700 1400 2100 2800 nm
dX: 411.784 nm dY: 10.6235 nm

2000 4000 6000 8000 10000 nm

4000

8000
12000

1400

0

1400

2800
nm

nm

40

20

0

nm

nm

600

300

0

(a)

0 50 100 150 200 250 300 350 400 450
0

1

2

3

4

5

6

7

E = 55.4 kPa

F
(n

N
)

h (nm)

E = 23.1 kPa

Control
Zn2+

(b)

0 25 50 75 100 125 150 175 200 225
0.00
0.01
0.02
0.03
0.04
0.05
0.06
0.07
0.08
0.09

D
en

sit
y 

of
 re

lat
iv

e f
re

qu
en

cy

E (kPa)

Control
Zn2+

(c)

0 25 50 75 100 125 150 175 200 225
0.0
0.1
0.2
0.3
0.4
0.5
0.6
0.7
0.8
0.9
1.0
1.1

D
ist

rib
ut

io
n 

fu
nc

tio
n 
E

E (kPa)

0.15

Control
Zn2+

(d)

Figure 4: Influence of Zn2+ ions on RBC membrane stiffness. (a) AFM 3D images of RBC, 10× 10μm2, of a membrane topological defect,
3× 3 μm2, and their profiles correspondingly. (b) Experimental curves F h for membranes after control and zinc ion action.
(c) Histograms of the density of relative frequency of Young’s modulus E for the control and zinc ion action, approximated by the normal
law of Gaussian distribution. (d) Distribution function of Young’s modulus E (approximation by the normal Gaussian law) for the control
and after influence of Zn2+.
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(normal, or control data) are shown in Figure 5(d) according
to the sample means Em, and the standard deviations are
presented in Table 1.

Approximation of the control experimental curves F h
by the Hertz model (1) was carried out. Figure 5(e) shows
an example of one of these curves.

The same figure shows the approximation of the experi-
mental graph by a polynomial of the form

F h = ahb 3

The approximation curve F h theor by the standard
method of nonlinear fitting of the experimental data was

used. The status of the dependent variable was assigned to
the experimental data function F h exper. The degree b and
coefficient a of the polynomial (3) were unknown variables.
Unknown coefficients b and a are the parameters of the
model, and they are chosen by the statistical program so that
the theoretical curve F h theor describes the experimental
data F h exper in the best way (R2 > 0 95). The condition
ai ≥ 0must be satisfied in the approximation. The degree
b and the coefficient a of the polynomial (3) were chosen
by nonlinear fitting of the experimental curves (OriginLab,
Northampton, MA).

Approximation by function (3) was carried out for all
curves F h (50 for each RBC sample). Depths hHz, to which
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Figure 5: The process of RBCmembrane bending under a probe action, and the construction of functions F h . (a) Experimental curves F Z
for highly stiff substance (glass), membranes of cells 1 and 2. (b) Experimental curves F h for cell membranes 1 and 2. (c) Bending of
membranes under the action of force F for stiff (1) and soft (2) membranes; F is the force acting on the membrane from the probe, Z is
the vertical displacement of the piezoscanner, h is the depth of the membrane bending into RBC, PBS is the phosphate buffer solution,
and rd is the bending radius of the membrane. (d) Gaussian probability density functions of RBC membrane Young’s modulus E, for 8
healthy donors. (e) The experimental curve F h for one control (normal) RBC, its approximation by the Hertz model, and the
polynomial F = ahb.
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the curves F h were adequately approximated by the Hertz
model (b = 1 50 ± 0 02), were calculated for each experi-
mental curve. That is, the degree b was used as criterion
for the adequacy of the Hertz model. Approximation of
empirical data F h represented in Figure 5(e) was obtained
at h = 600 nm: b = 1 52, Em = 17 8 kPa.

All the obtained control force curves F h were ade-
quately approximated by the function (1) and the polynomial
(3) with the degree b = 1 50 ± 0 02 at the level of the deter-
mination coefficientR2 ≥ 0 95.

3.3. The Action of Glutaraldehyde on RBC Membranes
h ≤ hHz . Glutaraldehyde (GA) is used as a fixator for
RBC membranes [7–9, 16]. Therefore, the work analyzes
the effect of GA at concentrations 0.2% and 1% on Young’s
modulus of RBC membranes. The experimental data are
shown in Figure 6. Figure 6(a) shows the AFM images of cells
after the GA action.

With increasing GA concentration, Young’s modulus E
increased, and the histogram of the relative frequency density
shifted towards larger values of E (Figure 6(c)). Values of E
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Figure 6: Influence of glutaraldehyde on RBC membrane stiffness. (a) AFM images of RBC, 50× 50μm2 and 10× 10 μm2, after the action of
0.2% and 1% glutaraldehyde and their profiles, respectively. (b) Experimental curves F h for control cell, for cell after GA0.2%, and for
GA1% action, and their approximation by the Hertz model. (c) Histograms of the relative frequency density for control RBCs and under
the action of GA 0.2% and GA1% on cells, approximated by the normal law of the Gaussian distribution. (d) Distribution functions of
Young’s modulus E (approximation by the normal Gaussian law), for control and action of GA 0.2% and GA1%, correspondingly.

Table 1: Young’s modulus Efor RBC membranes of healthy donors.

Donor 1 2 3 4 5 6 7 8

E (kN/m2), sample mean Em, and standard deviation 24.9± 6.9 25.1± 3.6 27± 6.9 25.2± 4.9 25.7± 4.3 27.1± 6.3 25.8± 6 27.1± 5.6
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for GA1% are statistically different from control and from
GA0.2% data at p < 0 01.

For a detailed analysis of membrane stiffness changes
under GA action in different concentrations on RBC, the
distribution function Fd E was constructed.

Fd Е =
Е

−∞
f Е dЕ 4

It was assumed that the histograms of relative frequency
density (Figure 6(c)) are approximated by the normal
Gaussian distribution law f E . To estimate the proportion
of RBC on which the modulus E increased, the level of 0.98
was indicated on curves of functions (4). At this level, it
was determined which part of the cells retained E
corresponding to control data. So, after GA0.2% action,
25% of cells kept the control membrane stiffness. The
membrane stiffness of 75% of cells was increased. For
GA1%, the percentage of cell membrane with control E was
only 2%. At the same time, for GA1%, 40% of cells have the
same values E as for GA0.2%.

The experimental curves F h (Figure 6(b)) were approx-
imated by the Hertz model (1) and the polynomial (3) for
GA0.2% and GA1%. Fifty functions F h for each donor
and for each concentration of GA were analyzed, with a total
300. The quantitative estimations of Young’s modulus are
shown as an example for one donor in Figure 6(b): for
control Em = 23 1 kPa, for GA 0.2% Em = 66 6 kPa, and for
GA 1% Em = 125 4 kPa.

3.4. The Action of Hemin of the RBC Membrane h ≤ hHz .
Hemin is a natural oxidant of biological structures and,
in particular, an oxidizer of RBC membranes. The action
of hemin H50 and H80 was studied. Figure 3(a) shows
AFM 3D images of cells (50× 50μm2), of a single cell
(10× 10μm2) after the hemin action. Also, there are
shown images of topological nanodefects in the membrane
(1.2× 1.2μm2) and their profiles. After hemin action on
the blood, typical topological nanodefects in the form of
domains with grain-like structures are formed in membranes
[21]. Also, hemin may change simultaneously the elastic
properties of RBC membranes.

An increase in the hemin concentration caused the
growth of Young’s modulus E (Figure 3(b)). So for H50 at
the depth of h = 300 nm, E increased by 1.9 times in com-
parison with the control, and for H80 3.4 times.

Figure 3(c) shows histograms of density of the relative
frequency of Young’s modulus E for the control, H50, and
H80, which are approximated by the normal Gaussian
distribution law. The distribution of H50 and H80 is sta-
tistically different from the control and among themselves
at level p < 0 01.

The distribution function Fd in accordance with 4 and
the Hertz model (1) for control, H50, and H80 are shown
in Figure 3(d). For H50, 65% of cells retained Young’s
modulus E the same as in the control. For H80, this fraction
was 6%. For H80, in 30% of cells, modulus E was kept at the
same level as after H50 action.

The experimental curves F h for H50 and H80 action
were adequately approximated by the Hertz model (1) and
the polynomial (3) with b = 1 50 ± 0 02, up to membrane
bending to h = 350 nm (Figure 3(b)). Fifty functions F h
were analyzed for each donor and for each hemin concentra-
tion, with a total of 300.

3.5. The Action of Zn2+ Ions on RBC Membranes h ≤ hHz .
Heavy metal ions, for example, zinc ions, cause membrane
defects [20] and can increase their stiffness.

The AFM images of RBCs, membrane nanodefects, and
their profiles after the action of Zn2+ (concentration 4mM)
are shown in Figure 4(a). Such concentration was cho-
sen to obtain significant nanodefects in red blood cell
membranes [20].

The functions F h and the histograms of the relative
frequency density approximated by Gauss’s law are repre-
sented in Figures 4(b) and 4(c), correspondingly. Modulus
E for control and zinc influence samples are statistically
different at level p < 0 01.

Figure 4(d) shows the distribution functions Fd E (4).
After zinc ions’ action, Young’s modulus was maintained at
the control level for 15% of cell membranes. The rest of the
RBC membranes became stiffer by 2 times and more.

3.6. Deep Bending of RBC Membranes h ≥ hHz . In all
studies, force F was chosen so that both in the control RBCs
and under the action of the modifiers the probe was pene-
trated into the cell (membrane bending) to a depth h ≥ 600
nm. Up to a certain depth hHz, the degree of the polynomial
(3) was preserved at the level b = 1 5. After hHz, the degree
may differ from 1.5. It was denoted by bn, and the coefficient
of the polynomial (3) is, respectively, an. All parameters of
the curves F h —E, hHz, b, bn, a, and an—were calculated
to the bending depth up to h = 600 nm.

In the control cell membrane (Figures 5(d) and 5(e)),
practically all the F h curves were approximated by
the Hertz model from 0 to 600nm at the level of the
criterion R2 = 0 95.

Under the modifier influence, this situation changed. On
the empirical dependence of F h at the indentation depth
h > hHz, the degree bn of the approximation polynomial (3)
was changed. In Figures 7 and 8, three examples of empirical
curves F h are shown for the action of hemin H50, H80,
glutaraldehyde GA1%, Zn2+ ions on the blood, and their
approximation by the polynomial (3). In Table 2, the
numerical parameters of these graphs are presented.

Statistical data of the values E for h < hHz for control sam-
ples and for samples after action of agents are shown in
Table 3. Also, there are indicated corresponding values hHz.

In a number of cases, the degree of the polynomial (3)
ranged from 1.48 to 1.52. In these cases, the entire curve
F h obeyed the Hertz model. Such examples are given
for H50 (Figure 7 and Table 2, no. 3), for H80 (Figure 7
and Table 2, no. 6), for GA1% (Figure 8 and Table 2,
no. 9), and for Zn2+ (Figure 8 and Table 2, no. 12). The degree
bn of the polynomial (3) after hHz was less than 1.5 in 92% of
cases and was in the range 1.01–1.45. In example no. 8
(Figure 8(a)) under the action of GA1%, hHz = 463 nm, and
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bn = 1 03. This degree indicates that this dependence F h
was linear after hHz. F h obeyed Hooke’s law. In nine
cases, the degree was bn > 1 5. So in example no. 10, after
the Zn2+ action, hHz = 169 nm and bn = 1 94, that is, almost
parabolic function.

The values of the membrane bending hHz, up to which
F h obeyed the Hertz model, and after which point the
degree of the approximating polynomial was varied, lay in a
wide range. In the given examples (Figures 7 and 8), the
range of hHz was from 169nm to 463nm. If hHz = 600 nm,
this means that the total curve is approximated by the Hertz
model. In all experiments, Young’s modulus E was calculated
by the Hertz model to the depth hHz. These data are indicated
in Figures 7 and 8 and in Tables 2 and 3.

With increase in the penetration depth of the probe into
the sample h > hHz, the modulus of elasticity was increased
(Figures 7 and 8); experimental data (blue) are higher than
corresponding function data (red).

To estimate the increase in modulus E after point
hHz, function F h was approximated in the interval
hHz = 600 nm by a linear function. So for H50, afterhHz=
385nm, Young’s modulus E increased 1.6 times (curve 2).
For H80 after hHz = 170 nm, modulus E increased by 3.3
times (curve 4). For GA1% after hHz = 329 nm, modulus E
increased by 1.8 times (curve 7), and for Zn2+ after hHz =
169 nm, modulus E increased by 5.5 times (curve 10). These
are only the approximate estimations of the increase in

modulusE. It is not possible to calculate E exactly on this
interval, since bn has different values for each curve than
the others. To create a single model for all different bn is
not possible.

4. Discussion

4.1. Elastic Properties of RBC Membranes. In this work, we
estimated the membrane’s ability to bend into the cell, by
atomic force spectroscopy [23] with large radius probes
(R = 150 nm). In all experiments, only native cells were used.
Scanning and obtaining of the force curves I Z were carried
out only in a liquid medium, namely, buffer solution. It is
known that the membrane stiffness strongly depends on the
method of sample preparation. So the stiffness of the dry
RBC membrane can reach tens of megapascals and more
[31]. Moreover, the stiffness of the native cell membrane
is of the order of several tens of kilopascals, that is, three
or more orders less [5, 30]. Therefore, the first task was to
develop a method to obtain samples of native cells on a
substrate for further scanning. It was assumed that the
use of fixatives and membrane modifiers for the RBCs is
unacceptable. The solution of this problem is described
in the section Materials and Methods.

Membrane fixatives and modifiers, natural oxidants,
and heavy metal ions significantly increased the RBC
membrane stiffness.
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Table 2: Parameters of empirical curves for Н50, Н80, GA1%, and Zn2+.

No. b a E (kPa) hHz (nm) hmax (nm) bn an

H50

1 1.49 8.45E− 04 51.84 352 600 1.24 0.01

2 1.50 3.42Е− 04 20.93 385 600 1.27 3.86E− 03
3 1.51 5.48E− 04 33.55 600 600 1.51 5.48E− 04

H80

4 1.52 1.64E− 03 100.08 170 600 1.36 0.01

5 1.51 5.84E− 04 35.78 367 600 1.07 0.02

6 1.48 1.54E− 03 78.10 600 600 1.48 1.54E− 03

GA 1%

7 1.51 2.36E− 03 144.82 329 600 1.23 0.04

8 1.51 5.65E− 04 34.60 463 600 1.03 0.04

9 1.49 2.30E− 03 130.09 600 600 1.49 2.30E− 03

Zn2+
10 1.51 1.02E− 03 62.75 169 600 1.94 3.72E− 04
11 1.50 1.05E− 03 64.38 408 600 1.39 7.66E− 03
12 1.50 7.19E− 04 44.10 600 600 1.50 7.19E− 04

Table 3: Statistical data of the values E (for h < hHz) and hHz for control and after action of agents.

Control H50 H80 GA1% Zn2+

E = Em±Ϭ, kPa h < hHz 26.3± 4.8 48± 13 90± 22 119± 30 66± 19
hHz = hHzm ±Ϭ, nm ≥600 nm 421± 62 362± 79 356± 69 371± 68
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Figure 8: Experimental curves F h and functions of their approximation by the Hertz model for glutaraldehyde GA1% (nos. 7, 8, and 9) and
Zn2+ ions (nos. 10, 11, and 12); hHz is the boundary depth of membrane bending, deeper by which approximation by the Hertz model
becomes inadequate.
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Glutaraldehyde as an RBC fixator at a concentration of
0.2% increased Young’s modulus by 2.9 times and at a
concentration of 1.0% by 5.4 times (Figure 6(c)).

Hemin is a natural oxidant. The action of hemin on
blood leads to an increase in Young’s modulus by 3 or more
times (Figure 3(a)).

Zn2+ ions also increased Young’s modulus of RBC
membranes by 2.4 times compared to control cells.

Therefore, when GA is used as an RBC fixator in
studies of body pathologies (oxidative processes), of exog-
enous intoxication (metal ions), the obtained absolute
values of Young’s modulus will always be shifted upwards.
Such values cannot be true and can only be used as com-
parative values.

4.2. Young’s Modulus of Native RBC in Control. Control cells
were cells of healthy people of both sexes from 20 to 35 years
of age. All absolute values of Young’s modulus (for 8 people)
in our experiment were from above 11 kPa to 41 kPa. The
mechanical properties of RBCmembranes, in particular their
Young’s modulus, can be used in clinical practice as a
quantitative criterion for assessing the state of blood cell
membranes. If E lies within these limits, then we can assume
that the deformability of RBC is normal. If the values of
Young’s modulus differ from the indicated limits, then such
cells are subject to additional studies.

4.3. Deep Bending of RBC Membranes hHz − 600 nm . A
characteristic peculiarity of dependences F h for deep
bending of RBC membranes is that approximating polyno-
mial degree bn (3) may be changed at depths larger than
hHz, h > hHz (Figures 7 and 8, Table 2).

But in normal, more than 92% of all RBC membranes of
8 donors gave an empirical curve adequately approximated
by the Hertz model even at depths up to 600nm with a
determination coefficient R2 ≥ 0 95. Additional frictional
forces did not arise (Figure 5(c)).

Under influence of modifiers, the increase in Young’s
modulus at h > hHz was determined by additional resistance
forces from the membrane itself. Membranes are a complex
structure, similar to composites. They consist of a lipid
bilayer, globular proteins, and a spectrin matrix, connected
with a lipid bilayer by protein complexes of band 3, band
4.1, actin, and ankyrin. The property of the composite struc-
tures is their ability to acquire new mechanical properties
when changing external conditions. For RBC membranes,
such new properties arose at h > hHz in the spectrin matrix,
since it is the main elastic structure in RBC membranes.
Additional resistance forces (Figures 7 and 8) were mani-
fested as a result of changes in the elastic properties of the
spectrin matrix under the action of modifiers. So F h after
H50 (small concentration) in 65% cases was approximated
by the Hertz model, and only 35% of cases gave an increase
in Young’s modulus at h > hHz. F h for hemin H80 (higher
concentration) gave an increase in Young’s modulus already
in 94% of cases for h > hHz. Both glutaraldehyde GA1% and
Zn2+ ions also increased the membrane stiffness at depths
greater than hHz (Figure 8, Table 2). This could be caused
by the additional tension of the spectrin network and the

penetration of the probe into the region of topological
membrane defect (Figure 4(a)).

In 100% of cases, the empirical data curve F h after
point hHz was located on the graph above the approximation
curve. This means that at the depths of the RBC membrane
bending larger than hHz, the membranes became stiffer
and their Young’s modulus increased. Thus, to depths hHz,
modulus E = const and RBC membranes behaved as homo-
geneous elastic structures. RBCs had the maximum ability
to deform. After this depth, modulus E increased, and for
each cell according to its individual law (bn and an for each
cell had its own value). The membranes became stiffer. Thus,
the ability of RBC to deform deeply is constant for healthy
organisms and decreases with the action of modifiers and
exogenous intoxications.

5. Conclusion

In this study, it was shown that the absolute values of Young’s
modulus of native RBC membranes strongly depend on the
action of fixatives and factors of intoxication. The method
of forming native RBC samples without fixatives was used.
It was shown that under bending to depth hHz ≈ 0 5 μm,
native RBC membranes behave as homogeneous elastic
structures with a constant Young’s modulus. This is very
important because this bending depth coincides with the
typical deformation of RBC membrane in microcirculation.

The possibility of using modulus E as a quantitative
criterion for estimating the membrane state of native cells
without modifiers was discussed. At the depths of bending
h greater than hHz, the mechanical characteristics of the
membranes are no longer described by the Hertz model.
Stiffness increases according to nonlinear laws, and mem-
branes acquire new mechanical properties. The results of
the work can be used in clinical practice, in assessing the
quality of stored donor blood for transfusion, in biophysical
studies of RBC properties.
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Using the atomic force microscopy- (AFM-) PeakForce quantitative nanomechanical mapping (QNM) technique, we have
previously shown that the adventitia of the human internal mammary artery (IMA), tested under dehydrated conditions, is
altered in patients with a high degree of arterial stiffening. In this study, we explored the nanoscale elastic modulus of the tunica
media of the IMA in hydrated and dehydrated conditions from the patients with low and high arterial stiffening, as assessed
in vivo by carotid-femoral pulse wave velocity (PWV). In both hydrated and dehydrated conditions, the medial layer was
significantly stiffer in the high PWV group. The elastic modulus of the hydrated and dehydrated tunica media was significantly
correlated with PWV. In the hydrated condition, the expression activity of certain small leucine-rich repeat proteoglycans
(SLRPs), which are associated with arterial stiffening, were found to be negatively correlated to the medial elastic modulus. We
also compared the data with our previous work on the IMA adventitia. We found that the hydrated media and dehydrated
adventitia are both suitable for reflecting the development of arterial stiffening and SLRP expression. This comprehensive study
of the nanomechanical properties integrated with the proteomic analysis in the IMAs demonstrates the possibility of linking
structural properties and function in small biological samples with novel AFM methods. The IMA is a suitable target for
predicting arterial stiffening.

1. Introduction

In clinical practice, arterial stiffening is commonly assessed
with pulse wave velocity (PWV). PWV measurements are
made in vivo by recording the transit time of blood across
two points in the vascular system, typically from the carotid
to the femoral artery. PWV is considered a powerful predic-
tor of risk of morbidity and mortality in a general population
[1, 2]. However, arteries are associated with complex struc-
tural and biomechanical processes that occur as arteries
stiffen with age and disease. These alterations are not cap-
tured with PWV which simply averages the properties of
the vasculature across a relatively large distance. High spatial
resolution techniques such as atomic force microscopy
(AFM) can bridge the gap in our understanding by enabling

localized biomechanical and ultrastructural measurements
on isolated sections of vascular tissue.

A number of studies have utilized high spatial resolution
techniques to probe arterial stiffening in vitro, e.g., [3, 4].
However, these studies are generally restricted to animal
models due to obvious challenges in conducting measure-
ments on human aortic tissues. Hence, a direct link between
clinical PWV and in vitromicro-/nanomechanical properties
has long remained a challenge. Recently, the internal mam-
mary artery (IMA) has emerged as an excellent vessel for
studying the pathogenesis of arterial stiffening, especially at
the molecular level [5–9]. It is readily accessible as the repair
artery during coronary artery bypass graft (CABG) opera-
tions. Although it is not involved in the carotid-femoral
PWV pathway, we have recently shown using AFM that
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alterations in nanomechanical properties and collagen fibril
morphology in the IMA adventitia are strongly correlated
with high PWV [1]. Furthermore, the IMA has been used
in a parallel study to identify small leucine-rich proteogly-
cans (SLRPs) which are associated with arterial stiffening
[9]. Thus, the IMA can be used to directly measure relevant
properties at the ultrastructural and molecular level in
patients with high PWV, overcoming the impracticability of
obtaining vascular tissue from the PWV pathway.

Although the PeakForce QNM has been recently used to
probe biological samples under physiological conditions
[10–14], our previous study was the first to apply Peak-
Force QNM to vascular tissues [1]. This paper builds on
that study [1] which demonstrated with PeakForce QNM
AFM [15, 16] that the adventitia of the IMA is altered in
patients with high PWV, in terms of both the nanoscale
elastic modulus and the collagen fibril morphology. We
now extend the approach and apply PeakForce QNM to
the medial layer of the IMA in both dehydrated and
hydrated conditions. To the best of our knowledge, this is
the first study to apply the PeakForce QNM for soft tissue
nanomechanical characterization in fully hydrated condi-
tions. The paper compares the nanoscale elastic modulus
of the medial layer in dehydrated and hydrated conditions,
and for both conditions, the relation between this AFM
data, patient metadata and proteomics data is explored.
Furthermore, the dehydrated medial measurements are
compared with the dehydrated adventitia measurements
to determine the best approach when utilizing the IMA
as an arterial stiffening target with AFM. The literature
on the layer-specific biomechanical properties of the
human artery is sparse, and thus this gap is addressed.

2. Materials and Methods

2.1. Patient Information. The IMA is the repair artery for
CABG operations. In this study, all of the IMAs were col-
lected from 17 patients as waste materials after the CABG
operation at the Centre of Individualized Medicine in Arte-
rial Diseases (Odense University Hospital, Odense, Den-
mark), as part of a project approved by the Local Ethical
Committee in Region Southern Denmark (S-2010044).

Before the coronary artery bypass graft, patients were
assessed by carotid-femoral PWV by using the SphygmoCor
system under standardized conditions as previously
described in [9]. Clinical data, including age, gender, diabe-
tes, and hypertension, were collected before the surgery.
Based on the reference and normal values for carotid-
femoral PWV [17], the 17 patients were split into two groups:
low PWV (8.5± 0.7ms−1, n = 8 patients) and high PWV
(13.4± 3.0ms−1, n = 9 patients). Full patient clinical parame-
ters are presented in [1]. It should be noted that the tissue
samples and patient cohorts are identical to those in our pre-
vious paper which focussed on the IMA adventitia [1]. How-
ever, the testing location (medial layer) and methodology
(dehydrated and hydrated) are different.

2.2. PeakForce QNM in Ambient Conditions. AFM testing
was conducted on 5μm cryosections with the PeakForce

QNM method using a MultiMode 8 Atomic Force Micros-
copy (AFM) (NanoScope VIII MultiMode AFM, Bruker
Nano Inc., Nano Surface Division, Santa Barbara, CA).
The method has been explained in detail elsewhere [1]. All
measurements were conducted with Bruker RTESPA-150
etched silicon probes. These probes have a nominal radius
of 8 nm and a cantilever with a nominal spring constant of
5Nm−1 and resonant frequency of 150 kHz. The spring con-
stant and tip radius of the probe were calibrated before mea-
surements. In addition, a photostress coating polymer
reference sample (PS1, Vishay Precision Group, Heilbronn,
Germany) with known elastic modulus was used to calibrate
the mechanical measurements [1].

For these measurements, the scan rate was fixed at
0.93Hz, and the resolution was set at 256 pixels per line with
fixed scan size (2× 2μm2). For mechanical characterization,
65,536 measurements (256× 256 independent force curves)
were obtained for each image to yield the mean elastic
modulus. All AFM raw files were processed with the Bruker
NanoScope Analysis version 1.5. To identify the internal
elastic lamellae (IEL) and external elastic lamellae (EEL) for
localized measurement, the optical microscopy integrated
with the AFM setup was utilized (Figure 1). Three random
localized areas were probed in the media of each tissue
section. Two sections were studied for each patient. Thus,
there were six measurements of nanomechanical properties
for each patient.

2.3. PeakForce QNM in Fluid Conditions. With the same
AFM system, testing in fluid conditions was possible in a
fluid cell (MTFEML, Bruker). A Bruker ScanAsyst-Fluid
probe with an intentionally blunt tip (nominal tip radius =
20 nm) and extremely low spring constant (nominal spring
constant = 0 7Nm−1, resonant f requency = 150 kHz) was
applied to image the delicate hydrated tissue sections in
distilled water. The tip radius and spring constant of the
probe were calibrated using the same procedure as used
in ambient conditions [1]. Following this, a polydimethyl-
siloxane (PDMS) sample was used as the reference sample
for modulus measurement calibration. The elastic modulus
of PDMS was determined independently via nanoindenta-
tion (Nano Indenter G200 with a DCM II Head, KLA-
Tencor, Milpitas, CA, USA) utilizing a 100μm flat punch
(Synton-MDP Ltd, Nidau, Switzerland) before the calibra-
tion. The testing was conducted at 110Hz using an oscilla-
tory nanoindentation method [1]. The nanoindentation
data yielded an average elastic modulus of 5.1± 0.36MPa.

During liquid testing, sharp tips can drag across the
hydrated soft tissue and cause damage to the tissue, thus
causing errors in mechanical mapping. With the scan size
set to 2× 2μm with a slow scanning rate (less than
0.501Hz), the mechanical mapping in liquid was found to
be more reliable. Hence, for comparative purposes, imaging
in ambient conditions was also kept at 2× 2μm. The scan
rate for the fluid tests was kept constant at 0.501Hz. Further,
due to the highly sensitive surface of the hydrated tissue
samples, a higher scanning resolution was applied in the
fluid conditions as compared with the measurements in
ambient conditions. Thus, 384 samples/line were selected
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and 147,456 (384× 384) independent force curves were
obtained in each image to yield the mean elastic modulus.
Example force-indentation curves are shown in Figure 2
for our reference samples in ambient and fluid conditions.

For each patient, two tissue sections were imaged with
three random locations selected per tissue section. Thus,
there were a total of six measurements per patient. However,
samples from three patients (ID: 552 in low PWV, and 620
and 643 in high PWV; see Supporting Information,
Table S1 in [1]) were unintentionally damaged during the
hydration process and could not be studied. Thus, in total,
seven patients in the low and high PWV groups were
examined in the fluid condition.

2.4. Integration of Quantitative Proteomics, Nanomechanical
Data, and Patient Metadata. Quantitative proteomics data
for some of the patient cohort analyzed in this study were
available from a larger cohort study published by Hansen
et al. [9]. Full methodological data for these measurements
can be found in their paper. The data available was for the
7 SLRP proteins that were found to be downregulated in
the high PWV patients, namely, lumican, mimecan, prolar-
gin, asporin, podocan, decorin, and biglycan [9]. To inte-
grate the nanomechanical data acquired in this study
with both proteomics data and patient metadata, a multi-
variate transformation called principal component analysis
(PCA) was used.

2.5. Statistical Methods. Patient characteristics were pre-
sented as mean ± SD, and all the bar charts were presented
as mean ± SEM. All patient measurements were averaged
prior to statistical analysis. Group differences were
assessed via a suitable 2-sample independent test selected
after appraisal of data normality and homoscedasticity.
Differences between nanomechanical properties of hydrated
and dehydrated media of the low and high PWV group were
tested with the Mann-Whitney U test. Kolmogorov-Smirnov

(K-S) tests were applied to assess the statistical signifi-
cance in distribution of nanomechanical properties of
hydrated and dehydrated media between the low and high
PWV groups. Spearman’s correlation coefficient was used
to test relationships between the measured elastic modulus
of hydrated and dehydrated media and the PWV as well
as with SLRPs expression activity. Proteomics data were
analyzed in junction with nanomechanical variables and
quantitative metadata variables (i.e., age, BMI, choles-
terol, and HbA1c) of all the patients via the unsuper-
vised data transformation PCA. All statistical analyses
were tested using OriginPro version 9 (OriginLab,
Northampton, MA).

3. Results and Discussion

In this study, the nanomechanical properties of hydrated and
dehydrated media were assessed to determine the utility of
this AFM for testing hydrated tissues. Assessment of the
IMAmedial layer in the different conditions is also compared
with the adventitia data and evaluated with correlation anal-
ysis to assess the best approach for determining arterial
stiffness from IMA samples. Histological assessment can be
found in [1].

3.1. Nanomechanical Properties of Dehydrated Media. In
ambient conditions, patients with high PWV had a stiffer
medial ultrastructure than that of the low PWV group (low
PWV = 2116 2 ± 523 1MPa; high PWV = 3163 6 ± 548 7MPa,
Mann-Whitney U test, p = 0 003) (Figure 3(a)). The elastic
modulus ranged from 1325.5 to 2770.7MPa and 2520.3 to
4030.0MPa in the low and high PWV groups, respectively.
Modulus distribution between these two groups was also
found to be significantly different (Kolmogorov–Smirnov
test, p < 0 0001) (Figure 3(b)).

Human internal
mammary artery

(IMA)
OCT embedding,
snap-freezing, and

cryosectioning

Thickness = 5�휇m

Internal elastic
lamella (IEL)

External elastic
lamella (EEL)

Adventitia
Intima

Tunica
media

(a) (d)

(c)

(b)

Figure 1: The approach for localized nanomechanical mapping of the tunica media in human IMA. (a) The human internal mammary artery
(IMA) was cryo-sectioned to 5μm thickness tissue sections. Optical images captured with the microscope integrated with the AFM for the (b)
dehydrated and (c) hydrated tissue sections. The IEL and EEL distinctly separate the tunica intima, tunica media, and tunica adventitia in the
IMA. (d) Schematic diagram of AFM imaging and the IMA histology.
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3.2. Nanomechanical Properties of Hydrated Media.With the
hydrated samples, similar trends were observed as those in
ambient conditions; i.e., the elastic modulus was higher in
the high PWV group. However, the trends were more pro-
nounced in these conditions. In the high PWV group, the
medial layer was approximately three times stiffer than that
in the low PWV group (low PWV group = 250 6 ± 39 0 kPa
; high PWV group = 721 7 ± 291 9 kPa, Mann–Whitney U
test, p = 0 005) (Figure 4(a)). The measured elastic modulus
of the patients ranged from 180.1 to 292.7 kPa and 286.6
to 1114.7 kPa in the low and high PWV groups, respec-
tively. A significant difference was found between modulus
distributions in the two groups (Kolmogorov–Smirnov
test, p < 0 0001) (Figure 4(b)).

The mean elastic modulus was found to be 188% larger in
the high PWV group as compared to the low PWV group. In
comparison, an increase of 52% was observed when the
tissues were dehydrated. The absolute values differed vastly
in the two conditions with the elastic modulus being
around three times higher when the tissue was tested
dehydrated (Table 1). These data highlight the importance
of water content in governing the mechanical properties of
soft biological tissues.

The distribution of data was further assessed by exam-
ining the skewness and kurtosis as shown in Table 1. The
low PWV group had a negative skewness in both hydra-
tion conditions whereas the high PWV group had a posi-
tive skewness. The kurtosis parameter was negative and
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Figure 2: Examples of AFM force-indentation curves obtained from (a) PS1 and (b) PDMS reference samples in ambient and fluid
conditions, respectively.
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Figure 3: Nanomechanical properties of the dehydrated media in both groups in ambient condition. (a) Bar graph showing a significant
difference in elastic modulus of patients as mean ± SEM (n = 8 patients in low PWV group; n = 9 patients in high PWV group). (b)
Distribution of measured elastic modulus for both groups; significant differences were found between modulus distributions of two groups
overall in the dehydrated media (Kolmogorov–Smirnov test, p < 0 0001).
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approximately equivalent for the dehydrated media in
both the low and high PWV groups. However, for the
hydrated media, the kurtosis parameter was positive in
the low PWV group and closer to zero in the high PWV
group. Thus, in hydrated conditions, the tails in the elastic
modulus distributions are more pronounced.

Figure 5 shows example AFM images for the medial layer
in both dehydrated and hydrated conditions. The IMA is a
transition artery, and in many patients, it is not classified as
an elastic artery and hence does not have any elastic lamellae
present [1]. Hence, the AFM images show an amorphous-
type structure with little evidence of any fibrillar structure.
This is more pronounced in the dehydrated images where
the topographical variation is less pronounced (Figures 5(d)
and 5(e)).

Although there are no other studies in the literature
which have reported the elastic modulus of the human
IMA medial layer, we can compare our values with other
relevant published studies. Sicard et al. [18] reported
values for human pulmonary arteries measured with AFM
using a sharp pyramidal tip as being 67.66± 122.26 kPa with
a range of 4.24–804.00 kPa. Akhtar et al. [4] used a
frequency-modulated AFM method for characterizing the
medial layer of young and old sheep aorta and reported a
geometric mean of 42.9± 2.26 kPa for young sheep and
113.9± 2.57 kPa for old sheep. Grant and Twigg [19] used
AFM with a 10μm tip to characterize the adventitial layer
of porcine pulmonary arteries and porcine aorta. For the

pulmonary arteries, they reported a range of 2.3–1130 kPa
with a mean of 88.9 kPa, and for the porcine aorta a range
of 0.7–391 kPa with a mean of 15.8 kPa. Our mean values
are higher than each of these studies but within an acceptable
range. Further work is needed to determine whether the dif-
ference is due to the test methods or the type of artery. Grant
and Twigg [19] highlighted that there was considerable het-
erogeneity within arteries which also explains the large range
of values.

3.3. Comparison of the Dehydrated Medial Layer vs.
Dehydrated Adventitial Layer. We have previously pub-
lished data demonstrating the utility of the IMA adventi-
tial layer as a potential target for arterial stiffening
studies [1]. Here, we now compare the mechanical data
of dehydrated media with the adventitial data for the same
patients [1], as well as the trends when the data are aver-
aged for both layers (media and adventitia). These data are
shown in Table 2. Overall, the elastic modulus in each
condition was significantly increased in the high PWV rel-
ative to the low PWV group (low PWV: n = 8 patients;
high PWV: n = 9 patients). Although there was no statisti-
cal difference in the measured elastic modulus between the
dehydrated media and adventitia in each group (Mann–
Whitney U test, p > 0 05), the dehydrated media was
slightly stiffer than the dehydrated adventitia in the high
PWV group. In the high PWV group, the ultrastructural
stiffness increased by 49.5% and 34.1% for the dehydrated
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Figure 4: Nanomechanical properties of the hydrated media in the fluid condition in all available patients. (a) The elastic modulus of
hydrated media in each patient (n = 7 patients per group, Mann–Whitney test, p = 0 005). (b) Modulus distribution of the medial layer in
low and high PWV groups (n = 42 measurements per group, Kolmogorov–Smirnov test, p < 0 0001).

Table 1: Mean, median, standard deviation (SD), standard error (SE), skewness, and kurtosis for the elastic modulus data are presented for
the hydrated and dehydrated IMA media.

n Mean Median SD SE Skewness Kurtosis

Hydrated media (kPa)
Low PWV 7 250.5 255.4 39.1 14.8 −0.9 0.8

High PWV 7 721.7 649.6 291.9 110.3 0.2 −0.4

Dehydrated media (MPa)
Low PWV 8 2116.2 2142.3 523.1 184.9 −0.3 −1.2
High PWV 9 3163.6 3044.5 548.7 182.9 0.6 −1.1
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media and adventitia, respectively. For the combined layer
group, the elastic modulus increased by 41.7% in the high
PWV group.

3.4. Correlation Analysis. To assess the relationships between
nanomechanical properties (PWV) and SLRP expression
activity, Spearman’s rank-order correlation was used to

calculate the correlation coefficient for the relationships to
test their significance (Table 3).

Overall, as shown in Table 3, the nanomechanical
properties of hydrated and dehydrated media were signifi-
cantly and positively correlated with the patient’s PWV
value, which was similar to the dehydrated adventitia [1].
The elastic modulus of the combined dehydrated media
and adventitia was also positively related to the PWV data.
These findings suggest that all four methods can be utilized to
reflect clinical arterial stiffness, i.e., dehydrated adventitia,
dehydrated media, or hydrated media.

For correlations between SLRP expression and nanome-
chanical properties of different layers in all the available
patients (n = 12 patients for both conditions) (Table 3), 4
of 7 SLRPs showed a significant and negative correlation
with measured elastic modulus of hydrated media. This
corresponds to our previous study [9] where 5 of 7 SLRPs
(lumican, mimecan, prolargin, aspirin, and decorin) were
downregulated in patients with high PWV.

SLRPs as a family of complex and diverse macromole-
cules in arterial wall play an essential role in atherosclerosis
[20] and arterial ECM remodeling [21]. The quantitative
proteomics data collected from our previous study [9]
from the entire IMA tissue have now been compared with
nanomechanical measurements for the media (dehydrated
and hydrated) and the adventitia (dehydrated), as well as
for the media and adventitia combined (dehydrated). The
correlation analysis indicates that the nanomechanical
properties of the hydrated media are more related to the
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Figure 5: Example images showing the hydrated media (a) topography, (b) DMT modulus map, (c) histogram showing the elastic modulus
distribution and for the dehydrated media, (d) topography, (e) DMT modulus map, and (f) histogram showing the elastic modulus
distribution and for the dehydrated media mapping of topography. All images are for patient 627.

Table 2: Elastic modulus for the media, adventitia, and media
+ adventitia for the IMA tested when dehydrated. The Mann–
Whitney U test was used to test the statistical difference between
each layer of the low and high PWV groups.

Media Adventitia
Media and
adventitia

Low PWV

n 8 8 8

Mean (MPa) 2116.2 2159.3 2137.7

SD (MPa) 523.1 282.5 353.0

Coefficient of variation (%) 24.7 13.1 16.5

High PWV

n 9 9 9

Mean (MPa) 3163.6 2895.2 3029.4

SD (MPa) 548.7 414.4 380.7

Coefficient of variation (%) 17.3 14.3 12.6

p value 0.003 0.002 0.002
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expression activity of SLRPs than the dehydrated media.
This further highlights the importance of testing the tissue
in conditions that mimic the physiological environment as
much as possible.

SLRPs are essential in the structural integrity and func-
tionality of the arterial wall by modulating synthesis,
assembly, and remodeling of arterial ECM components
such as collagen, elastin, and SMCs. The role of SLRPs
in arterial stiffening, as well as on regulating collagen fibril
assembly and architecture, has been discussed in detail
elsewhere [9], and their relationship to adventitial collagen
fibril morphology and nanomechanics has recently been
established [1]. Alongside controlling collagen fibrillogen-
esis and collagen organization, studies have revealed the
importance of SLRPs in regulating proliferation and
migration of SMCs, which are predominant in the media
of muscular arteries. Accumulated lumican, which is
expressed in the SMCs, is located in the fibrous thickened
intima and media where it associates with intimal thicken-
ing and is capable of maintaining adventitial mechanical
properties in patients with atherosclerosis [22]. Highly
expressed mimecan found in human SMCs is shown to
accelerate cell proliferation, migration, and death, thereby
regulating atherosclerosis [23] and atherosclerotic plaques
[24]. Biglycan promotes SMC proliferation and migration
in arteriosclerotic lesions related to arterial repair and
pathogenesis of vascular injury [25]. Upregulated decorin
is discovered in calcified regions in human atherosclerotic
lesions, where it accelerates SMC calcification [26]. These
important roles of SLRPs in the medial layer help shed

light on why the SLRP expression is highly correlated with
the medial layer nanomechanical properties.

3.5. Principle Component Analysis (PCA). The variables
measured in this study were summarized and integrated
with the SLRP data by PCA. The score plot for this trans-
formation is shown in Figure 6(a) which clearly shows a
difference between high and low PWV patients. The vari-
ables contributing the most to this separation are shown
in the loading plot (Figure 6(b)) where, not surprisingly,
it can be seen that PWV is one of the major contributors
to the separation of the patients. Interestingly and in
agreement with assessed data in this study, it is closely
correlated with the elastic modulus of dehydrated layers.
Furthermore, PCA on the data without the PWV variable
shows similar separation between both high and low PWV
patients and exhibits elastic modulus of the hydrated and
dehydrated layers as three of the key variables to the sep-
aration (Figures 6(c) and 6(d)). The elastic modulus of
hydrated media was closely related to age. In addition,
the nanomechanical properties of dehydrated media and
adventitia were closely correlated. Most SLRPs were closely
grouped in the PCA analysis with some differences in
mimecan and biglycan, which was similar to the PCA data
of the adventitia.

4. Conclusions

This study probed the nanoscale stiffening-related ultrastruc-
tural changes in the tunica media of human IMAs in ambient

Table 3: Spearman’s rank-order correlation for assessing correlations of elastic modulus (E) of the different layers, PWV and SLRP
expressions.

Hydrated media Dehydrated media Dehydrated adventitia Dehydrated media and adventitia

Number of patients n 14 17 17 17

PWV
r 0.63 0.62 0.56 0.62

p 0.017∗ 0.008∗∗ 0.02∗ 0.009∗∗

Number of patients n 12 12 12 12

Lumican
r −0.71 −0.20 −0.50 −0.30
p 0.01∗∗ 0.54 0.10 0.34

Mimecan
r −0.54 −0.02 −0.45 −0.22
p 0.07 0.95 0.15 0.50

Prolargin
r −0.72 −0.48 −0.52 −0.38
p 0.008∗∗ 0.12 0.09 0.23

Asporin
r −0.62 −0.51 −0.39 −0.37
p 0.033∗ 0.09 0.21 0.24

Podocan
r −0.48 −0.27 −0.34 −0.18
p 0.11 0.39 0.28 0.57

Decorin
r −0.63 −0.22 −0.34 −0.22
p 0.028∗ 0.48 0.29 0.48

Biglycan
r −0.15 −0.12 −0.20 −0.07
p 0.63 0.71 0.53 0.83
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and fluid conditions in patients with a high PWV. We show
that PeakForce QNM can be used for mechanical property
characterization of hydrated biological tissues. The study
clearly demonstrates that AFMmethods can be used as a tool
for assessing arterial stiffness, with good agreement with
expected trends based on in vivo measurements. The
mechanical properties of the medial ultrastructure in both
hydrated and dehydrated conditions correlated well with
the carotid-femoral PWV. The AFM-derived nanomechani-
cal properties were also correlated with SLRP expression,
which is related to arterial stiffness. Based on the correlation
tests, we suggest that the medial and adventitial layers are
both suitable for AFM analysis to characterize nanoscale
arterial stiffening. Overall, this study demonstrates the utility
of AFM methods for arterial stiffening studies.
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included within the supplementary information file.
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