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Hard tissue damage and loss caused by mechanical trauma,
degenerative diseases, infections, tumors, and other diseases
exert a profound negative impact on patients’ quality of life
and impose a heavy social and economic burden. Currently,
tissue engineering is believed to be a promising approach
to recover the structural integrity and function of these
damaged or diseased hard tissues.
The 3 major elements of tissue engineered constructs are
the seeded cells, the scaffolds, and the microenvironment.
Seeded cells are considered to be the main component for
exerting biological functions. Over the last decade, mesenchymal stem cells (MSCs) have been intensively studied as
an ideal cell source for tissue engineering applications. Additionally, emerging biomaterial- and micro/nanotechnologybased platforms have advanced our understanding of the
underlying mechanisms that determine the microenvironmental regulation of stem cell fate and functions, including

self-renewal, proliferation, differentiation, and immune functions. In this special issue, work by P. Hartrianti et al. revealed
that nanosized human keratin globules coated on tissue
culture polystyrene could effectively enrich human MSCs
(hMSCs) ex vivo. Due to the abundance, ready availability,
and human origin of hair keratin, this material may provide a
donor-customized microenvironment for hMSCs expansion
in vitro.
Being one of the two major hard tissues in the human
body, teeth require a wider range of seed cell sources for
regeneration compared to bone, that is, stem cells derived
from various dental tissues besides bone marrow and embryonic stem cells, such as dental pulp, dental papilla, periodontal ligament, dental follicle, apical papilla, and odontogenic
epithelium. However, the limited availability of these seed
cells severely limits their application. This special issue
contains a paper by Y. Chen et al. that reports odontogenesis
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of human umbilical cord MSCs. Both the in vitro and in vivo
data demonstrated the odontogenic potential of these cells.
Another interesting paper by Q. Lu et al. in the dental field
within this special issue showed that odontogenesis of dental
pulp stem cells can be tuned by varying the crosslinking of
polyethylene glycol-fibrinogen (PF) hydrogel on which the
cells were seeded. A higher degree of mineralization of dental
pulp stem cells was achieved with a more highly crosslinked
PF hydrogel.
The regeneration of bone, another major hard tissue,
has also been studied extensively. However, most previous studies focused on osteogenic efficiency by combining
various MSCs with various bioscaffolds. It is important to
understand the mechanisms behind the regeneration efficacy
observed with different MSC-bioscaffold combinations, so
as to optimize the mimicry of extracellular matrix-like
environment. In this special issue, X. Zhang et al. showed
that gelatin/𝛽-TCP nanofibers promoted bone regeneration
by activating calcium-sensing receptor signaling. Besides
osteogenic differentiation of hMSCs, the local inflammatory
microenvironment of cell grafts also plays an important role
in influencing the efficacy of bone regeneration. D. Li et
al. studied the immunoregulatory effects of hMSCs from
ankylosing spondylitis patients, which could be enhanced by
pretreatment with all-transretinoic acid. This could provide
a new strategy to improve the efficacy of MSC-based therapy
for ankylosing spondylitis.
As already mentioned, newly emerging biomaterials have
advanced our understanding of the underlying mechanistic
principles that govern the microenvironmental regulation
of stem cell fate and function. Graphene is a revolutionary
material, which was discovered by Nobel Laureates Geim
and Novoselov in 2004. It has several properties that are
advantageous for bone regeneration such as good electrical
conductivity at room temperature, transparency, flexibility,
and high mechanical strength. It can also provide a large surface area with ease of functionalization through attachment
of various biomolecules. In this special issue, N. Dubey et
al. intensively reviewed its characteristics, modifications, and
potential applications in bone regeneration.
Nerves are important components of most human tissues
including teeth and bone, which has the ability to orchestrate
tissue remodeling and reorganization. In this special issue,
R. C. Assunção-Silva et al. reviewed the research progress
of 4 different stem cell types (embryonic stem cells, induced
pluripotent stem cells, neural stem cells, and hMSCs) and
2 glial cell types (olfactory ensheathing cells and Schwann
cells) in cell-based therapy for spinal cord injury (SCI).
Amongst various materials, authors looked deeply into the
roles of 6 natural-based hydrogels (alginate, agarose, collagen,
fibrin, chitosan, and gellan-gum), 4 synthetic hydrogels
(poly(lactic acid), poly(lactic-coglycolic acid), methacrylate,
and poly(ethylene glycol)), and self-assembled peptides for
SCI treatment. Based on the available knowledge, it was
realized that cell transplantation by itself is inadequate for
promoting tissue remodeling and axonal regeneration across
dense glial scars. Scaffolds play a bridging role in this
situation and provide a three-dimensional environment for
the regenerating axons. Additionally, it is suggested that both
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drug delivery and tissue engineering are required for optimal
nerve regeneration.
We hope that the readers will gain in-depth knowledge
of various stem cell sources and biomaterials and their
interactions in tissue regeneration through comprehensive
reviews and research articles presented in this special issue.
Most importantly, we also hope that this special issue will
stimulate innovative research on the important questions
to be resolved in future studies such as optimization of
microenvironment to achieve sufficient number and stable
quality of seed cells, rigorous evaluation of novel materials in
tissue repair/regeneration, and the construction of functional
tissues through innervation and vascularization.
Hua Liu
Zhiyong Zhang
Wei Seong Toh
Kee Woei Ng
Shilpa Sant
António Salgado
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Tooth regeneration is considered to be an optimistic approach to replace current treatments for tooth loss. It is important to
determine the most suitable seed cells for tooth regeneration. Recently, human umbilical cord mesenchymal stem cells (hUCMSCs)
have been regarded as a promising candidate for tissue regeneration. However, it has not been reported whether hUCMSCs can
be employed in tooth regeneration. Here, we report that hUCMSCs can be induced into odontoblast-like cells in vitro and in vivo.
Induced hUCMSCs expressed dentin-related proteins including dentin sialoprotein (DSP) and dentin matrix protein-1 (DMP-1),
and their gene expression levels were similar to those in native pulp tissue cells. Moreover, DSP- and DMP-1-positive calcifications
were observed after implantation of hUCMSCs in vivo. These findings reveal that hUCMSCs have an odontogenic differentiation
potency to differentiate to odontoblast-like cells with characteristic deposition of dentin-like matrix in vivo. This study clearly
demonstrates hUCMSCs as an alternative therapeutic cell source for tooth regeneration.

1. Introduction
Tooth loss caused by caries, periodontitis, and mechanical
trauma is a major public health problem worldwide [1].
People with tooth loss have poor oral health-related quality
of life involving the problems with eating, chewing, smiling,
and communication [2]. Current treatments for tooth loss
rely on artificial dentures, such as fixed bridges, removable
dentures, and dental implants. However, compared with
natural teeth, artificial dentures are nonbiological and have
some disadvantages including a foreign body sensation and
finite usability, all of which dissatisfy patients [3, 4]. Thus,
biological teeth are considered to be necessary [5].
In the fields of stem cells and tissue regeneration, biological tooth crowns and roots have already been generated
in animal studies [6, 7]. Moreover, tooth regeneration has
been thought as a possible approach in the next generation
of dental treatments [8]. However, one of key factors to

achieve the goal is elucidation of the most suitable seed
cells for tooth regeneration. Embryonic stem cells (ESCs)
and adult stem cells are the two main types of stem cells
for tooth regeneration [9]. Despite high proliferation and
differentiation capabilities, ESCs are rarely applied in clinical
practice because of possible tumorigenesis and ethical issues
[10]. Thus, recent studies on seed cells for tooth regeneration
have mainly focused on adult stem cells. Among the adult
stem cells, dental stem cells have been considered as a
candidate for tooth regeneration. These include the dental
pulp stem cells, stem cells from exfoliated deciduous teeth,
periodontal ligament stem cells, stem cells from apical papilla,
and dental follicle progenitor cells [11]. All of these cells have
already been proved owning multipotent and odontogenic
differentiation potentials, and some of them have successfully
applied into tooth regeneration studies [12]. However, the
use of dental stem cells has several potential limitations. The
primary challenge is the limited availability of dental stem
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cells, especially from those who are agomphious. In addition,
cellular rejection and ethical issues in allogeneic therapy
further hinder the clinical application of dental stem cells
[13, 14]. On the other hand, induction of nondental ectomesenchyme odontogenesis by coculture with oral epithelium
has provided the experimental basis to use nondental adult
stem cells for tooth regeneration [15]. Li et al. reported
bone marrow mesenchymal stem cells (BMMSCs) produce
tooth-like structures after coculture with oral epithelial cells
derived from rat embryos [16], suggesting the possibility
of tooth regeneration using BMMSCs. However, invasive
and painful procedures to harvest BMMSCs are difficult
for people including those who require dental treatment.
Therefore, a more practical and suitable kind of seed cells is
needed for tooth regeneration.
Since Romanov et al. isolated the mesenchymal stem cells
(MSCs) from the human umbilical cord [17], these stem
cells have gained significant attention, and many advantages
of hUCMSCs have been recognized. Firstly, hUCMSCs are
multipotent with high capabilities for differentiation and
proliferation [18]. Secondly, there is no limitation of cell
source for hUCMSCs, which is a major hurdle for other
stem cell types. In fact, human cord blood banks have
been established worldwide, which provide a reliable source
of hUCMSCs [19, 20]. More importantly, human umbilical
cords would otherwise be discarded after childbirth, and
there are no invasive and/or painful procedures for both
the mother and infant during collection, so there are fewer
ethical issues [21]. In addition, because of the protection of the
placental barrier, there is a lower risk of viral contamination
compared with other sources of adult stem cells [22].
hUCMSCs can differentiate into cardiomyocytes, skeletal
muscle cells, endotheliocytes, and neurons and have been
applied in studies of osteochondral, musculoskeletal, and
bone tissue regeneration [23–26]. However, it has not been
reported whether hUCMSCs can be applied in tooth regeneration.
Therefore, in this study, we examined whether hUCMSCs have an odontogenic differentiation potential. We
used Sprague-Dawley (SD) rat tooth germ cell conditioned medium (TGC-CM) and human tooth dentin matrix
(hTDM) to induce the hUCMSCs into odontoblast-like cells
in vitro and determined whether the hUCMSCs can be
differentiated into odontoblast-like cells in vivo.

2. Materials and Methods
This study followed the guidelines in the Declaration of
Helsinki and the International Guiding Principles for Animal
Research and Law for Management of Experimental Animal.
The Research Ethics Board for both human samples and
animal experiments established by the Ethics Committee of
the West China Hospital of Stomatology, Sichuan University,
examined the proposed research protocol for this project and
found it to be ethically acceptable.
2.1. hUCMSCs Isolation, Culture, and Identification. Fresh
human umbilical cords were collected from full-term births
by cesarean section from Chengdu Women’s and Children’s
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Central Hospital and stored in phosphate buffered saline
(PBS) containing 100 U/mL penicillin and 100 U/mL streptomycin, which was informed consent of the parents and
conducted following approval of Sichuan University Ethics
Committee. The human umbilical cords were processed
within 4 hours and were assigned to testing groups and
control groups at random. We applied collagenase/trypsin
method (0.2% collagenase and 0.25% trypsin, both purchased
from Sigma, USA) and explant culture to isolated hUCMSCs
from Wharton’s jelly [27]. The cells were cultured by LGDMEM/F12 (Invitrogen, USA) containing 10% fetal bovine
serum (FBS, Gibco, USA), 100 U/mL penicillin (Hyclone,
USA), and 100 U/mL streptomycin (Hyclone, USA), and
the medium was changed every 2-3 days. Following 2-3
passages, immunohistochemistry was performed as per published protocols [28]. For adipogenic differentiation, passage
three (P3) hUCMSCs were seeded at a density of 1 × 104
cells/well in 6-well plates and washed with PBS twice when
the cells reached 80% confluence. The cells were maintained
in LG-DMEM/F12 containing 10% FBS, 1 𝜇M dexamethasone
(Sigma, USA), 5 𝜇g insulin (Sigma, USA), 0.5 mM 3-isobutyl1-methylxanthine (Sigma, USA), and 0.2 mM indomethacin
(Sigma, USA). Half medium change was performed every 23 days. The cells were induced for 2 weeks, stained with Oil
red O (Sigma, USA), and then observed under a microscope
(CKX41, Olympus, Japan). For osteogenic differentiation, P3
hUCMSCs were seeded at a density of 1 × 104 cells/well
in 6-well plates and cultured in LG-DMEM/F12 containing
10% FBS for 2 days and washed with PBS twice. Then, the
cells were maintained in the osteogenic induction medium
consisting of LG-DMEM/F12 containing 10% FBS, 10 mM 𝛽glycerophosphate (Sigma, USA), 10−8 mol/L dexamethasone,
and 50 𝜇g/mL ascorbic acid (Sigma, USA). The medium was
changed every 2-3 days for 3 weeks until a black opaque area
was observed under a microscope and white nodules were
observed by the naked eye. Alizarin red S staining was applied
to detect the calcium nodules.
2.2. Differentiation of hUCMSCs into Odontoblast-Like Cells
with TGC-CM In Vitro. The isolation of tooth germs of
SD rats and preparation of TGC-CM were performed as
described previously [28, 29]. Briefly, The mandibular first
molar germs were dissected from postnatal 0.5 neonatal SD
rats, diced into cubes of about 1 mm3 , digested with 0.2% collagenase for 40–60 min at 37∘ C, and neutralized with 𝛼-MEM
(Hyclone, USA) containing 10% FBS, 100 U/mL penicillin,
and 100 U/mL streptomycin. The digested cells were cultured
by culture medium 𝛼-MEM containing 10% FBS, 100 U/mL
penicillin, and 100 U/mL streptomycin. The medium was
changed 2-3 days. The substituted conditioned medium was
collected and centrifuged at 1000 rpm for 5 minutes. The
supernatant was passed through a 0.22 𝜇m bacterial filter and
mixed with LG-DMEM/F12 (Invitrogen, USA) containing
10% FBS, 100 U/mL penicillin, and 100 U/mL streptomycin at
1 : 1 ratio to obtain the TGC-CM.
Passage 2 (P2) hUCMSCs were seeded at a density of 1 ×
104 cells/well in 6-well dishes and cultured for 24 hours.
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After washing the cells with PBS three times, the TGCCM was added to induce the hUCMSCs into odontoblastlike cells. The TGC-CM was changed every other day and
the morphological changes of the cells were photographed
under a microscope. Control hUCMSCs were cultured in LGDMEM/F12 containing 10% FBS, 100 U/mL penicillin, and
100 U/mL streptomycin.
2.3. Preparation of Human Tooth Dentin Matrix (hTDM).
TDM was obtained from healthy single root premolars
extracted for orthodontic reasons with informed consent of
the patients. And the procedures to treat the teeth were
processed by previous study [30]. Briefly, the roots of donated
teeth were cut half and stored in sterile deionized water for 56 hours and then were oscillated by ultrasonicator at 80 Hz for
5-6 minutes before changing the sterile deionized water every
hour. Then the roots were treated in 17%, 10% and 5% EDTA
each for 6 minutes to remove the smear layer and rinsed with
sterile deionized water for 5 min and then immersed in PBS
containing 100 U/mL penicillin and 100 U/mL streptomycin
for 72 hours following rinsing with sterile deionized water for
5 min and stored in LG-DMEM/F12 culture medium containing 100 U/mL penicillin and 100 U/mL streptomycin. After
this, hematoxylin and eosin (HE) staining was performed to
check whether the fiber tracts in hTDM became loose and
the smear layer had been removed. And Masson’s trichrome
staining was performed to detect whether collagen fibers still
existed in hTDM. And for MTT assay, the P2 hUCMSCs were
seeded at a density of 5 × 103 cells/well in 24-well dishes which
contained hTDM, and the cells were cultured for 1–8 days.
MTT solution (40 𝜇L) was added to each well, and the cells
were incubated at 37∘ C in a humidified atmosphere with 5%
CO2 for 3.5 h. Then, the medium was aspirated, and 200 𝜇L of
dimethyl sulfoxide was added to dissolve the blue crystals that
formed in the cells. After gentle agitation for 10 min, 100 𝜇L
of the solution in each well was transferred to a 96-well plate.
The optical density was determined with a multiplate reader
at a wavelength of 570 nm. Control hUCMSCs were cultured
without hTDM.
2.4. Differentiation of hUCMSCs under the Odontogenic
Microenvironment Provided by the hTDM In Vitro and Vivo.
For in vitro study, hUCMSCs were seeded at a density of
5 × 104 cells/well in 6-well plates containing hTDM, and
negative control cells were seeded at a same density in 6-well
plates without hTDM. Both of testing and control groups were
cultured in culture medium LG-DMEM/F12 containing 10%
FBS, 100 U/mL penicillin, and 100 U/mL streptomycin. The
culture medium was changed each other day and the cells
were harvested after 14 days for analyses. For in vivo study, the
hUCMSCs were seeded at a density of 5 × 104 cells/well in 6well plates containing hTDM and cultured in LG-DMEM/F12
for 24 hours at first. Then twenty hTDM-hUCMSC composites were implanted subcutaneously into the backs of nude
mice under anesthesia. After 8 weeks, the implants were
extracted and subjected to visual observation. HE staining,
Masson’s trichrome staining, and immunohistochemistry
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were performed to evaluate odontogenic differentiation of
hUCMSCs in vivo.
2.5. Immunocytochemistry. For immunocytochemical analysis, the cells were fixed with 4% paraformaldehyde for
15 minutes. Immunocytochemistry was performed with
streptavidin-biotin complex method according to the manufacturer’s protocol. Antibodies against CD105 (1 : 100), CD29
(1 : 100), CD44 (1 : 100), CD34 (1 : 100), CD45 (1 : 100), CD31
(1 : 100), DSP (1 : 200), and DMP1 (1 : 100) were used in this
study. The antibodies against DSP and DMP1 were purchased
from Santa Cruz (USA). Other antibodies were purchased
from ZSGB-BIO (China). Samples were photographed under
an Olympus CKX41 microscope.
2.6. Western Blotting. hUCMSCs were collected and washed
with PBS. Then, the cells were lysed with lysis buffer for
30 minutes. The proteins were separated by 10% SDSpolyacrylamide gel electrophoresis and then transferred to
cellulose membranes. The membranes were incubated with
gentle agitation at 37∘ C with primary antibodies 𝛽-actin
(1 : 1000, Santa Cruz, USA), DMP-1 (1 : 100, Santa Cruz, USA),
and DSP (1 : 200, Santa Cruz, USA). Then the membranes
were incubated with gentle agitation for 2 hours at 37∘ C
with horseradish peroxidase-conjugated secondary antibody
diluted in 5% skim milk powder at 1 : 7500. After washing
in Tris-Buffered Saline Tween-20 (Beyotime, China) for
three times (10 minutes each wash), the membranes were
developed by an ECL western blotting detection system.
Immunoreactive proteins were then detected by ChemiDoc
MP System #170-8280 (Bio-Rad, USA). Images were captured
and analyzed by Quantity One software (Bio-Rad, USA).
2.7. Quantitative PCR. Total RNA was extracted with RNAiso
Reagent (TaKaRa, Japan). The RNA was reversed-transcribed
to cDNA using PrimeScript RT reagent Kit Perfect Real
Time (TaKaRa, Japan). Quantitative PCR was performed
in ABI PRISM 7300 Sequence Detection System (Applied
Biosystems, USA). The relative expression levels for the target
gene were evaluated using the 2−ΔΔCT method [31]. 𝛽-actin
gene expression was used for normalization of each sample.
The primer pairs used for RT-qPCR were showed in Table 1.
2.8. Scanning Electron Microscope (SEM). hTDM was
observed by scanning electron microscope (SEM) (Inspect F,
FEI, Netherlands). Briefly, hTDM was washed with PBS for
three times, and then it was fixed with 2.5% glutaraldehyde
at 0∘ C and dehydrated and dried in a critical-point dryer.
Finally, it was observed and photographed by SEM.
2.9. Statistical Analysis. All quantitative data are expressed as
the mean ± SD. Statistical analyses were performed using oneway analysis of variance using SPSS software. A value of 𝑃 <
0.05 was considered to be statistically significant.

3. Results
3.1. Isolation, Culture, and Identification of hUCMSCs.
hUCMSCs isolated from Wharton’s jelly were maintained

4

Stem Cells International
Table 1: Forward (F) and reverse (R) primer sequences for target and reference genes.

Gene name
𝛽-actin
DMP-1
DSPP

Primer sequence (5 -3 )
F: GAAGATCAAGATCATTGCTCCT
R: TACTCCTGCTTGCTGATCCA
F: AAGATCAGCATCCTGCTCAT
R: CTTCAGAATCCTCAGATTCAT
F: GAATAGAGGACACCCAGAAG
R: CTTTCCCAACTTCTTTGGTAAT

under standard culture conditions, and the primary and passaged cells both exhibited adherence to plastic (Figure 1(a)).
Immunohistochemistry showed that the adherent cells were
stained positively for mesenchymal markers CD29, CD44,
and CD105 but were negative for hematopoietic lineage
markers CD34 and CD45 and endothelial cell markers CD31
(Figure 1(b)). After adipogenic induction for 2 weeks, lipid
droplets were found in the cytoplasm, indicating that the
cells had differentiated into the fat cells (Figure 1(c)). In
addition, during the osteogenic induction, there was little
change in cell morphology, but refractile substances were
observed in the cell colonies. Calcium accumulation was
found after being induced for 2 weeks as small round Alizarin
red-positive nodules in the cells (Figure 1(d)). Thus, the
hUCMSCs demonstrated multipotency.
3.2. hUCMSCs Have an Odontogenic Differentiation Potential.
After the hUCMSCs had been cultured in TGC-CM for
14 days, the cells grew well and exhibited a long fusiform
shape with abundant cytoplasm, but the morphology did
not change significantly during the induction procedure
(Figure 2(a)). We also found that TGC-CM-induced hUCMSCs expressed both DSP and DMP-1 detected by immunocytochemistry and western blotting. These proteins were
not expressed in uninduced hUCMSCs but were found in
pulp tissue, indicating that the TGC-CM-induced hUCMSCs
differentiated into odontoblast-like cells (Figures 2(b) and
2(c)). Next, quantitative PCR was used to compare the
gene expression of DSSP and DMP-1 in TGC-CM induced
hUCMSCs and uninduced hUCMSCs. We found that DSSP
and DMP-1 gene expression was upregulated significantly in
both TGC-CM-induced hUCMSCs and pulp tissue, whereas
no expression was found in uninduced hUCMSCs (Figures
2(d) and 2(e)).
3.3. hTDM Provides an Odontogenic Microenvironment for
hUCMSCs. The sectioned hTDM was stained with HE and
Masson’s trichrome. HE staining revealed loose fiber tracts
on the surface of the prepared hTDM (Figure 3(a)). Masson’s
trichrome staining of the prepared hTDM was dark red
with gradual darker blue from distal to proximal pulp cavity
dentin, where collagen fibers existed from low to high abundance (Figure 3(b)). SEM observation further confirmed
that the dentin tubules were fully exposed and the loose
peritubular and intertubular fibers provided the space where
hUCMSCs could keep contact with proteins and factors
involved in dentin formation and thus provided an odontogenic microenvironment for the hUCMSCs (Figure 3(c)).

Fragment length (bp)

Accession number

111

NM 031144.2

91

NM 004407.3

165

NM 014208.3

Next, immunohistochemistry was used to determine whether
DSP and DMP-1 were expressed in hTDM. As expected,
hTDM was positive for DSP and DMP-1, especially around
the dentin tubules, indicating that the dentin expressed DSP
and DMP-1 (Figure 3(d)).
The growth curve detected by MTT assays of hTDMinduced hUCMSCs and normal cultured hUCMSCs without
hTDM were similar. Both showed a latent phase for 24 to 36
hours, a logarithmic phase for 5 or 6 days, and a plateau phase
after 7 days of culture (Figure 3(e)). And the SEM showed the
hUCMSCs had adhered to the hTDM surface after induction
for 2 hours, and then the cells began to spread after 24 hours
and the whole hTDM surface was covered by cells after 7
days. These observations demonstrated that the hTDM had
no effect on proliferation of the hUCMSCs (Figure 3(f)).
Then immunocytochemistry and western blotting proved
DSP and DMP-1 exist in hTDM-induced hUCMSCs (Figures
4(a) and 4(b)). We also found that hTDM-induced hUCMSCs
expressed DSPP and DMP-1, whereas the uninduced hUCMSCs did not express these genes. Despite the low level of DSPP
expression, the differences in DSPP and DMP-1 expression
between hTDM-induced hUCMSCs and uninduced hUCMSCs were statistically significant (Figures 4(c) and 4(d)).
3.4. Dentin Regeneration by Subcutaneously Implanting hTDMhUCMSC Composites. To investigate whether hUCMSCs are
suitable seed cells for tooth regeneration, we implanted
hTDM-hUCMSC composites in vivo. The hTDM-hUCMSC
composites were harvested after subcutaneous implantation
into 20 nude mice for 8 weeks. We found no swelling or
inflammation in the tissues around the implants. Furthermore, the implants maintained their original appearance
without any degradation. HE staining showed newly formed
calcification on the hTDM with multiple layers of cells but no
inflammatory cells (Figure 5(a)). Masson’s trichrome staining also showed newly formed calcification (Figure 5(b)).
Importantly, the newly formed calcification and adherent
cells were positive for DSP and DMP-1 as detected by
immunohistochemistry (Figure 5(c)). These results showed
that hUCMSCs can be induced into odontoblast-like cells by
hTDM in vivo.

4. Discussion
The hUCMSCs can be isolated from various regions of
the umbilical cord. These regions include Wharton’s jelly,
umbilical vein subendothelium, and the perivascular region
[32]. Wharton’s jelly is a primitive mucous connective tissue
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Figure 1: Isolation, culture, and identification of hUCMSCs. (a) Primary mesenchymal stem cells isolated from human Wharton’s jelly formed
colonies after 7 days, reached confluency after 10 days, and were in a vortex-like arrangement after 14 days. (b) The adherent cells were stained
positively for mesenchymal markers CD29, CD44, and CD105 but were negative for hematopoietic lineage markers CD34 and CD45 and
endothelial cell marker CD31. (c) After adipogenic induction for 2 weeks, vacuole-like changes were observed under a microscope (left, ×40),
and the cells were stained by oil red O (right). (d) After osteogenic induction, refractile substances were observed in cell colonies (left, ×40),
and small round nodules were detected by Alizarin red S staining (right).

that surrounds the umbilical cord arteries and vein. The
mesenchymal stem cells from Wharton’s jelly have been
confirmed as a primitive stem cell population [33]. In addition, stem cells from Wharton’s jelly have a better multiple
differentiation potential than those from other regions of
umbilical cord [34, 35]. Therefore, we isolated MSCs from
Wharton’s jelly of the human umbilical cord and applied them
for tooth regeneration.

The niche plays an important role in stem cell proliferation and differentiation. Specific niches participate in regulating the asymmetric divisions of stem cells [36, 37]. Thus,
to induce hUCMSCs into odontoblast-like cells in vitro, it is
important to provide a microenvironment that mimics the
specific niche of tooth morphogenesis and facilitates odontogenic differentiation. Previous studies have demonstrated
that TGC-CM provides a microenvironment enriched with
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Figure 2: TGC-CM induces hUCMSCs into odontoblast-like cells in vitro. (a) After hUCMSCs were induced in TGC-CM for 3 days, there
was little change in the cell morphology. After 14 days, the TGC-CM-induced hUCMSCs grew well and calcified areas were observed (arrow),
but the morphology was similar to uninduced cells. (b) Odontoblast marker proteins DSP and DMP-1 were detected in TGC-CM-induced
hUCMSCs by immunocytochemistry, but not in uninduced hUCMSCs. (c) Western blotting showed that TGC-CM-induced hUCMSCs and
pulp tissue expressed DMP-1 and DSP, whereas uninduced hUCMSCs did not express these proteins. (d) and (e) Relative mRNA levels of
DMP-1 and DSPP were determined by quantitative PCR.
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Figure 3: Preparation and identification of hTDM. (a) The gross appearance as well as HE staining of hTDM was observed under a microscope
at various magnifications (×40, ×100, and ×400). HE staining showed the loose fiber tracts on the surface of the prepared hTDM. (b) Masson’s
tricolor staining showed dark red with gradual darker blue from distal to proximal pulp cavity dentin, where collagen fibers existed from low to
high abundance in hTDM (right), just like staining in normal tooth root (left). (c) Scanning electron microscopic observation of the prepared
hTDM. (d) Detection of DSP and DMP-1 in hTDM by immunohistochemistry. (e) Growth curves of hTDM-induced hUCMSCs and normal
cultured hUCMSCs without hTDM as determined by MTT assays. (f) Observation of hUCMSCs after induction with hTDM for 2 hours, 24
hours, and 7 days under a scanning electron microscope.
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Figure 4: hTDM induces hUCMSCs into odontoblast-like cells in vitro. (a) Detection of DSP and DMP-1 in hTDM-induced hUCMSCs and
normal cultured hUCMSCs without hTDM by immunocytochemistry. (b) Western blotting showed that hTDM-induced hUCMSCs and pulp
tissue expressed DSP and DMP-1, while uninduced hUCMSCs did not express these proteins. (c) and (d) Relative mRNA levels of DMP-1
and DSPP were determined by quantitative PCR.

regulating factors for tooth morphogenesis, which enhanced
odontogenic differentiation of dental as well as nondental
stem cells [38, 39]. Tooth morphogenesis is regulated by
sequential and reciprocal interactions between the epithelial
and mesenchymal tissues. Moreover, the signals from the oral
epithelium play a decisive role in tooth morphogenesis, which
act on ectomesenchyme cells to initiate and maintain tooth
morphogenesis [40]. When developing tooth germ cells are
cultured in the culture medium, the interactions between the
epithelial and mesenchymal cells result in secretion of various
factors including Wnt, fibroblast growth factor, transforming
growth factor-𝛽, and bone morphogenetic proteins [41, 42].

After inducing hUCMSCs with TGC-CM, these factors
initiate and maintain odontogenic differentiation.
Tooth regeneration mainly focuses on three aspects: seed
cells, scaffolds, and growth factors [43]. Seed cells for tooth
regeneration should be able to differentiate into tooth-specific
cells and form dentin, enamel, cementum, and alveolar bone
in a suitable scaffold [44]. To determine whether hUCMSCs
are suitable for tooth regeneration, we carried out in vitro
and in vivo experiments using cocultured hUCMSCs with
scaffolds. There are various scaffolds for tooth regeneration
such as collagen, polyglycolic acid, and polylactic acid [45].
Among them, TDM is a newly developed scaffold for tooth
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Figure 5: hTDM induces hUCMSCs into odontoblast-like cells in vivo. (a) HE staining of hTDM-hUCMSC composites after subcutaneous
implantation into nude mice for 8 weeks. (b) Masson’s tricolor staining of hTDM-hUCMSC composites after subcutaneous implantation
into nude mice for 8 weeks. (c) Newly formed calcification and adhesive cells on hTDM were positive for DSP and DMP-1 as detected by
immunohistochemistry.

regeneration. Prepared hTDM maintains the major structure
of dentin tubules, which is essential for dentin regeneration.
In addition, hTDM expressed DSP and DMP-1 which have
been demonstrated to play critical roles in dentinogenesis
[46]. Thus, hTDM not only serves as a scaffold, but also
provides an odontoblastic microenvironment for stem cells
[30, 47]. Therefore, hTDM is regarded as an available scaffold
for tooth regeneration. Our results showed that hUCMSCs
can be differentiated into odontoblast-like cells by hTDM
in vitro, and that the proliferation rate of hUCMSCs was
not altered after combining with hTDM. Furthermore, newly
formed calcifications were observed after hTDM-hUCMSC

composites were implanted subcutaneously into nude mice
for 8 weeks. Moreover, the newly formed calcifications were
positive for DSP and DMP-1 as detected by immunohistochemistry, revealing that the newly formed calcifications
were likely to be dentin-like matrix. And unsurprisingly,
the hUCMSCs without hTDM in control groups could not
differentiation into odontoblast-like cells whether in vitro
or in vivo. Therefore, we concluded that hUCMSC can be
induced into odontoblast-like cells that secrete a dentinlike matrix in vivo, suggesting that hUCMSCs are a suitable
and practical cell type which could be applied in tooth
regeneration.
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DSP (encoded by gene DSPP) is related to differentiation and mineralization of odontoblasts [48]. In addition,
DMP-1 (encoded by the gene DMP-1) controls nucleation
of calcium phosphate polymorphs and promotes pulp stem
cell differentiation into odontoblasts [49]. DSP and DMP1 are generally regarded as odontoblast-specific markers to
identify induction of odontoblast-like cells [50, 51]. In the
present study, hUCMSCs induced by TGC-CM or hTDM in
vitro or in vivo were found to express DSP and DMP-1 with
upregulation of DSPP and DMP-1 gene expression to levels
similar to those in pulp tissue.
Although we have confirmed the hUCMSCs have an
odontogenic differentiation potential, there are some limitations and challenges should be concerned. Although the
sources of hUCMCSs are rich, the differentiation efficiency
should be improved. And how to maintain cell stability and
consistency should also be considered. For tooth regeneration
research, further studies like distinguishing odontogenic
differentiation from osteogenic differentiation are needed.
And regenerating the whole tooth with hUCMSCs including
periodontal ligament, dental pulp enamel, cementum, and
dentin should also be studied in the near future.

5. Conclusion
In this study, we show that the hUCMSCs have an odontogenic differentiation potential to differentiate into odontoblast-like cells in an odontogenic microenvironment provided by TGC-CM and hTDM in vitro. Furthermore, hUCMSCs deposited a dentin-like matrix when combined with
hTDM in vivo. Overall, hUCMSCs may be a new therapeutic
cell source for tooth regeneration.
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Spinal cord injury (SCI) is a central nervous system- (CNS-) related disorder for which there is yet no successful treatment.
Within the past several years, cell-based therapies have been explored for SCI repair, including the use of pluripotent human
stem cells, and a number of adult-derived stem and mature cells such as mesenchymal stem cells, olfactory ensheathing cells,
and Schwann cells. Although promising, cell transplantation is often overturned by the poor cell survival in the treatment
of spinal cord injuries. Alternatively, the therapeutic role of different cells has been used in tissue engineering approaches by
engrafting cells with biomaterials. The latter have the advantages of physically mimicking the CNS tissue, while promoting a more
permissive environment for cell survival, growth, and differentiation. The roles of both cell- and biomaterial-based therapies as
single therapeutic approaches for SCI repair will be discussed in this review. Moreover, as the multifactorial inhibitory environment
of a SCI suggests that combinatorial approaches would be more effective, the importance of using biomaterials as cell carriers will
be herein highlighted, as well as the recent advances and achievements of these promising tools for neural tissue regeneration.

1. Introduction
SCI is a devastating condition that often leads to permanent
functional and neurological deficits in injured individuals.
The limited ability of the CNS to spontaneously regenerate,
mainly due to the establishment of an inhibitory environment
around the lesion site and to the formation of a dense scar
tissue, impairs axonal regeneration and functional recovery
of the spinal cord [1–3].
The annual incidence of SCI has been reported to be
25.5 cases per million [4], at an average age of 31.7 years [5].
Moreover, its prevalence ranges from 236 per million in India
to 1800 per million in USA [6]. The leading causes of SCI are
motor-vehicle crashes, sports-associated accidents, falls, and
violence-related injuries [7].
The severity of an injury is accurately conveyed by the
five-level (A–E) American Spinal Injury Association (ASIA)
Impairment Scale (AIS). Upon evaluation of the severity of

the damage, the lesion is broadly characterized as complete
or incomplete [8, 9], with distinct clinical implications to the
patients (e.g., paralysis, sensory loss, intractable pain, pressure sores, and urinary/other infections) [5, 8]. This generates
tremendous emotional, economic, and social repercussions
for the patients and their families.
The aggressive pathophysiology of SCI contributes to the
extension of this debilitating condition. A mechanical trauma
to the spinal cord triggers an immediate cascade of cellular
and biochemical events that contribute to the progression of
the lesion. Blood vessels disruption and extensive cell death
are some posttraumatic changes that result from the primary injury [1, 10]. In response to this, a set of secondary
events occur. An inflammatory environment is established
by macrophages, neutrophils, and leukocytes, which are
recruited in order to phagocyte cell debris and prevent further
uncontrolled tissue damage [3, 11, 12]. From days to weeks, a
fluid-filled cyst is formed at the injury site, surrounded by a
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glial scar mainly constituted by reactive astrocytes. These cells
secrete several inhibitory proteins such as chondroitin sulfate
proteoglycans (GSPGs) and axonal growth inhibitors [12, 13],
thus preventing axonal regeneration and remyelination along
the spinal cord. Even though the role of the glial scar is
to stabilize and ultimately protect the damaged spinal cord,
it largely incapacitates spinal cord long-distance functional
regeneration [14], leading to the establishment of a chronic
injury.
Unfortunately, there is still no effective clinical treatment
for SCI, besides some clinical attempts to provide recovery
to patients. As recently reviewed by Silva et al. [14], the most
usual procedures rely on surgical techniques, including surgical decompression and further stabilization of the spine, as
well as on pharmacological interventions. Several pharmacological agents have been studied in this context [15], high dose
methylprednisolone (MP) administration being an option
for the treatment of acute SCI. However, its efficacy is quite
limited due to severe side effects [14, 16]. Therefore it is recommended to be given to patients only with the knowledge that
evidence suggesting harmful side effects is more consistent
than any possible clinical benefits [17].
In recent years, tissue engineering and regenerative
medicine based approaches have been proposed as alternatives for SCI repair/regeneration. For the past decades, cellbased therapies have been highlighted for SCI regeneration
[18], as well as engineering approaches using biomaterials.
Nowadays, the combination of biomaterials with cell transplantation is also being widely explored in the scope of SCI. In
this context, biomaterials are expected to stabilize the lesion
site, while directly delivering the cells into it, and provide an
adequate environment for the regeneration of the injured tissues. Several cell types and biomaterials have been suggested
for the development of promising regenerative strategies for
SCI. Therefore, the aim of this review is to address the recent
progress that has been made in both approaches. A discussion
on the potential of these therapies for SCI regeneration
will be the starting point, after which the contributions of
biomaterials for the development of more efficient cell-based
therapies will be also discussed.

2. Cell-Based Therapies for SCI Repair
Aiming at developing successful therapies for SCI treatment,
the transplantation of certain cell populations into damaged
areas has been one of the most used regenerative approaches
over the years. Among the alternatives, stem-cell based transplantation has been gathering attention for the past 15 years
[19–23]. Most of the times stem cells are used because of their
differentiation potential [24–26]; however they have been
also shown to be able to provide a large repertoire of signaling molecules, including anti-inflammatory cytokines and
growth factors. These may modulate the inhibitory environment of SCI while increasing the trophic support to resident
cells [27–32]. So far, stem cells from different origins have
been tested for their ability to stimulate nerve regeneration
and restore the neuronal circuitry when integrated in the
injured site [14, 33].
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2.1. Embryonic Stem Cells. One of the cell populations proposed for SCI regeneration is embryonic stem cells (ESCs)
[34], which are known to differentiate into all fetal cell
lineages [24], thus being considered as pluripotent.
The ability of ESCs to differentiate into neural and glial
cells in in vitro culture systems has been extensively explored
using different strategies. Retinoic acid (RA) and embryoid
body- (EB-) based protocols have been used to induce neural
differentiation of ESCs in culture, resulting in the activation
of a complex system of neuronal gene expression provided
by neuronal like cells [35] and in the production of oligodendrocytes, capable of producing myelin for the myelination of
neurons in culture [19]. Another approach, consisting in the
use of specific factors in mouse ESCs culture, was found to
efficiently direct cell differentiation into dopaminergic and
serotonergic neurons [36, 37]. The use of cell culture media
specifically defined for ESCs commitment to the neural fate
is also an alternative method [38]. Of particular interest is the
possibility to genetically modify the ESCs, in order to obtain
neuronal precursors-enriched cultures [38, 39].
The suitability of ESCs-based approaches for SCI treatment has also been investigated in a number of spinal cord
injury models. Keirstead et al. [34] transplanted neural stem
cells (NSCs) obtained from mouse ESCs into a rat spinal cord,
after an induced thoracic SCI. Most transplanted cells survived, migrated away from the injury site, and were shown to
preferentially differentiate into oligodendrocytes and astrocytes [34]. Still, induced ESC-derived oligodendrocyte progenitor cells transplanted into demyelinated spinal cords were
found to contribute to the remyelination of host axons. In the
same report, the improvement of animals motor performance
upon transplantation was also described [19]. Finally, ESC
clinical applications in SCI patients started through a Phase
I clinical trial provided by Geron’s company in 2011. A
cohort of patients with complete subacute thoracic SCI was
transplanted with predifferentiated oligodendrocyte precursor cells derived from human ESCs for safety studies. Unfortunately, Geron’s program was aborted later in that year [40].
Nevertheless, to date no safety issues were reported in five
patients submitted to ESCs transplants.
2.2. Induced Pluripotent Stem Cells. Recently, another type of
pluripotent stem cells, known as induced pluripotent stem
cells (iPS cells or iPSCs), emerged as a possible alternative
to obtain stem cells directly from adult tissues for autologous transplantation. The iPSCs technology resulted from a
pioneer work developed by Yamanaka’s lab in Japan in 2006,
which showed that the introduction of four transcription factors reverted the phenotype of differentiated adult cells into
pluripotent stem cells [41]. iPSCs are often compared to ESCs,
as they share similar characteristics, such as pluripotency,
self-renewal capacity, and gene expression [42, 43]. Moreover,
the potential to acquire abnormal karyotypes and genetic
amplification associated with teratoma formation is also a
common feature between the two cell types [42, 43]. However,
iPSCs differentiation into neural lineages occurs at a lower
frequency than for ESCs [44].
The fact that iPSCs can be derived directly from adult
tissues offers an unlimited supply of autologous cells, which
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could be used to generate transplants without the risk of
immune rejection. However, safety issues such as those
related to tumor formation should be determined prior to
their clinical application. Therefore, it is crucial to carefully
test iPSCs for tumorigenicity [42, 45]. In line with this, Zhao
et al. [21] presented a study concerning the immunogenicity
of iPS cells in vivo. A teratoma formation assay was used to
show that iPSCs efficiently formed teratomas in mice, with a
strong immune-rejection of the cells [21]. Later in 2013, Araki
et al. [46] attempted to reproduce the conclusions obtained
by Zhao and colleagues using a different procedure. By transplanting cells from a chimera obtained from iPSCs clones
and a mouse embryo into mice, little or no immunogenic
response was observed [46].
Although these recent reports have emphasized the
pitfalls of iPSCs technology, others supporting the efficacy
of iPSCs as cellular systems for SCI treatment are also
accumulating. For example, human iPSC-derived neurospheres (hiPSC-NSs) survived, migrated, and differentiated
into the three major neural lineages after transplantation
into a nonobese diabetic-severe combined immunodeficient
(NOD-SCID) SCI model mice. The formation of synapses
between grafted cells and host mouse neurons was promoted,
as well as the expression of neurotrophic factors, angiogenesis, axonal regrowth, and myelination in the injured area. As
a result, there was an improvement of the functional activity
of the hiPSC-NSs-grafted mice, with no tumor formation
[47]. More recently, a preclinical study investigated the
therapeutic potential of transplanting preevaluated neural
stem/progenitor cells (NS/PCs) clones derived from murine
and human iPSCs (iPSC-NS/PCs) into a nonhuman primate
model of contusive SCI [26]. Similarly to previous studies,
the grafted cells were found to survive and differentiate into
neurons, astrocytes, and oligodendrocytes, without evidence
of tumor formation. In addition, there was an enhancement
in axonal sparing/regrowth and angiogenesis at the lesion site
and the prevention of the lesion epicenter demyelination. At
the end of the treatment, a functional recovery of the animal
after SCI was observed [26]. Nevertheless, more preclinical
studies have yet to be performed, in order to investigate the
true potential and safety of iPSCs, before moving to a clinical
setting.
2.3. Neural Stem Cells. Another cell population with a possible interest for SCI research is adult multipotent NSCs [27],
which are particularly appealing due to their CNS origin.
These cells have been shown to generate the three main neural
cell lineages of the mammalian CNS in culture [25]. Thus they
can hypothetically allow the replacement of spinal neurons
lost after injury and differentiate towards astrocytes, to restore
the nonneuronal milieu of the preinjured spinal cord, or
towards oligodendroglia, to allow remyelination [27]. In fact,
previous studies have confirmed this theory. The engraftment
of NSCs into a SCI model of contused adult rat spinal cord
resulted in the production of neurons that migrated long
distances rostrally and caudally, with observed functional
improvement [48]. In a cervical contusion-induced SCI in
primates, in vitro-expanded human neural stem progenitor
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cells (NSPCs) were grafted nine days after injury and were
shown to survive and differentiate into the neural lineages. In
addition, there was a decrease in the injury cavities extent, as
well as a significant increase of the spontaneous motor activity of the transplanted animals [20]. Furthermore, demyelinated axons in NOD-SCID mice with traumatic SCI were
remyelinated after transplantation of human CNS cells grown
in aggregates (hCNS-SCns). These cells also differentiated
into neurons that exhibited the ability of synapse formation
with host neurons [49]. More recently, it has been reported
that transplantation of fetal NSCs into complete rat spinal
cord transection sites led to the formation of ectopic colonies
two months after cell engraftment. These colonies were found
to disseminate in widespread areas of the host CNS and
continuously proliferate in several neural-cell lineage types
[23].
In other studies, the NSCs capacity to promote axonal
regeneration was related with the secretion of neurotrophic
factors [27]. First in vitro, and then in vivo, intrinsic growth
factor production by NSCs was found to support extensive
growth of host axons, which are known to be sensitive to these
factors [27]. Furthermore, it was observed that the genetic
modification of NSCs alters the overall axonal responses.
For instance, the induction of neurotrophin-3 (NT-3) production by NSCs has significantly expanded the growth and
penetration of host axons along the injury site [27, 50].
The experimental ground work regarding NSCs as
cellular-based therapy has shown promise in repairing damaged cells and tissues after SCI and ultimately led to the
attempt of applying this therapy to humans. In line with
this, Stem Cells Inc. Company (Switzerland) established the
world’s first clinical trial in spinal cord injured humans using
these cells [51]. In 2011, the company initiated a Phase I/II
clinical trial designed to assess both safety and preliminary
efficacy of a single transplantation of purified fetal human
neural stem cells (HuCNS-SC), as a treatment for chronic
thoracic SCI, for both complete and incomplete injuries. The
study enrolled seven patients with complete injuries (AIS
A) and five patients with incomplete injuries (AIS B). The
cells were directly injected into their spinal cords, and they
were temporarily immunosuppressed. Clinical updates were
reported on a total of eight of the 12 patients enrolled in
the clinical trial. With regard to AIS A patients, there was
significant posttransplant gain in sensory function in four
patients up to date. Concerning AIS B subjects, two of three
patients had significant gain in sensory perception, the third
remaining unaltered [51].
2.4. Mesenchymal Stem Cells. In the last decade, mesenchymal stem cells [52] (MSCs) have also been in the forefront
of cell-based strategies for SCI regeneration. These cells were
first described to be present in the bone marrow by Friedenstein and colleagues [53]. They were mainly characterized
by the ability to adhere to plastic in culture, to develop into
fibroblastic colony forming cells (CFU-F), and to differentiate
into osteoblasts, adipocytes, and chondroblasts in vitro [53–
55].
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Figure 1: Application of MSCs as a treatment for SCI. The MSCs secretome is believed to be a key player on the promotion of neuroregeneration and neuroprotection, as well as the modulation of the inflammatory response.

Availability is one of the advantages of MSCs comparing
with other cells, as they can be found in several tissues [56–
59]. In addition, MSCs isolation can be easily performed [60],
without rising any ethical or political issues.
The efficacy of MSCs as therapeutic agents for CNS
has been related to different theories, starting from their
engraftment efficiency when injected into the body [54] to
their differentiation into neural phenotypes. The latter was in
fact studied both in vitro, where bone marrow MSCs (BMMSCs) were found to putatively differentiate into neuronlike cells and glial cells [52], and in vivo, where the authors
found BM-MSCs were able to migrate across the bloodbrain barrier (BBB1 ), repopulate the CNS, and differentiate
into microglia-like cells [61]. Despite these findings, this is
still a controversial topic. Indeed, it is more likely that the
MSCs potential is associated with their trophic activity [28,
29, 55, 62, 63]. MSCs secrete a set of bioactive molecules
and/or microvesicles—their secretome—which is believed to
mediate both paracrine and autocrine MSCs activities [29,
62]. In response to injury, the secretome may support the
repair and regeneration of damaged tissues by suppressing
local immune response [64], enhancing angiogenesis and
inhibiting scarring and cell apoptosis [65] (Figure 1).
These outcomes support the multifactorial roles of MSCs
transplantation on CNS tissues and cells. Further details on
this topic can be found elsewhere [28, 30].
In the context of SCI treatment, different strategies have
been considered. While some are solely focused on the transplantation of MSCs in the injury site, others are more interested in the administration of their secretome in the same
area in order to support the survival and proliferation of the
remaining cells. Regarding the transplantation of MSCs, both
intravenous [66–68] and subcutaneous [68] injections have
been proposed, as well as a direct injection in the injury site

[69]. MSCs transplantation by cell mobilization with granulocyte colony-stimulating factor (G-CSF) [68, 70] or intrathecal
catheter delivery [67, 71] was also explored. In all of these
studies the authors reported functional recovery after SCI. On
the other hand, studies regarding the use of MSCs secretome
have also shown promising results. For instance, the conditioned medium (CM) of BM-MSCs promoted the survival
and neurite outgrowth of hippocampal neurons in vitro [72].
In another study, both adipose stem cells (ASCs) and human
umbilical cord perivascular cells (HUCPVCs) CMs were
shown to increase hippocampal neurons survival and metabolic activity [73]. More recently, the secretome of HUCPVCs
was also found to increase cell viability, proliferation, and
neuronal cell densities in both cortical and cerebellar neuronal cultures [74]. Other in vitro and in vivo studies showed
similar results [75–77].
MSCs application into SCI clinical trials has been widely
studied and throughout them MSCs biosafety has been quite
explored. In a Phase I/II clinical study, autologous BM-MSC
transplantation as well as bone marrow stimulation with
macrophage colony stimulating factor (GM-CSF) was used
to treat complete SCI [78]. Likewise, the transplantation of ex
vivo expanded autologous MSCs was also used in pilot clinical
studies [79, 80]. Currently, autologous BM-MSCs implantation in an acute and chronic SCI at cervical and thoracic level
is being used in a Phase I/II clinical trial [67]. Even though
90% of patients with acute cervical injuries showed significant
improvement, only mild improvement was found in chronic
patients. Nevertheless, a larger group of patients is needed to
evaluate the efficacy of this therapy. Mononuclear BM cells
transplantation for SCI treatment can also be used in alternative to BM-MSCs, as it was shown to have a similar efficiency
in vivo [81]. In fact, the clinical safety and primary efficacy
data of autologous BM-derived mononuclear cells for SCI
were already studied in a Phase I/II clinical trial involving

Stem Cells International
traumatic paraplegia (𝑛 = 215), traumatic quadriplegia (𝑛 =
49), and nontraumatic spinal cord myelopathy (𝑛 = 33) [82].
In this study, the cells were delivered through a lumbar puncture and a 3-month periodic follow-up study was designed to
analyze neurologic and motor improvements, as well as safety
parameters such as the therapeutic time window, CD34+
cell count, and influence of sex and age. At the end of the
study, neurological status improvement was observed in onethird of SCI patients. Moreover, the outcome of the therapy
was only influenced by: (1) the time elapsed between injury
and treatment; and (2) the number of CD34+ cells that was
injected [82].
According to all of these findings, MSCs may be equally
powerful tools for SCI regeneration-based strategies.
2.5. Glial Cells. The possible role of other mature cells on
the SCI regenerative process has attracted the attention of
investigators in the field. For that purpose, glial cells including
olfactory ensheathing cells (OECs) and Schwann cells (SCs)
have been explored over the past decade.
2.5.1. Olfactory Ensheathing Cells. OECs are glial cells that
ensheath olfactory axons, within both the PNS and CNS
portions of the primary olfactory pathway [83], and that are
responsible for the successful regeneration of olfactory axons
throughout the life of adult mammals [84]. These cells have a
highly malleable phenotype, most likely due to coexpressing
phenotypic features of astrocytes and SCs [85]. According to
this theory, it is believed they can either switch from one type
to another depending on their needs, or combine the roles of
both when transplanted into an injury [83, 85].
At a glance, OECs might seem a curious choice for cell
transplantation. The mammalian olfactory system is unique
in supporting axonal outgrowth from its peripheral neuronal
cell bodies in the olfactory epithelium into the CNS olfactory
bulb, throughout life [86]. Furthermore, the expression of
SCs-specific phenotypic features by OECs led to the hypothesis that these cells facilitate the growth and the myelination
of axons within the CNS of adult mammals. The initial study
that inspired OECs transplantation into CNS was performed
by Ramon-Cueto and Nieto-Sampedro [87]. OECs were
grafted into the dorsal-root entry zone of the postdevelopmental CNS. The grafted cells were able to promote the
regrowth of transected dorsal roots, which was interesting
since this is a region where normally dorsal root regeneration
does not occur [87]. After these findings, numerous studies
have demonstrated the effectiveness of OECs in supporting
nonolfactory CNS axons growth and remyelination. Evidences showing the ability of OECs to myelinate dorsal root
ganglion (DRG) neurons in vitro were firstly provided by
Doucette and Devon in an in vitro coculture system [83, 88].
The myelination of DRG neurites by these glial cells was
clearly observed and resembled the process by which SCs
myelinate peripheral axons [83]. Subsequently, OECs were
found to be able to remyelinate axons in vivo by Franklin
et al. [89] and Imaizumi et al. [90]. In these studies, OECs
were transplanted into an x-irradiated demyelinated area of
the adult rat spinal cord. These cells remyelinated the existent
axons after transplantation [89], which were found near
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and remote from the cell injection site, indicating extensive
migration of OECs throughout the lesion [90]. Moreover, the
remyelinated axons displayed improved conduction velocity
and frequency-response properties, with action potentials
being conducted at a greater distance into the lesion [90].
Although the effectiveness of OECs in supporting CNS
regeneration was extensively studied and clearly showed,
some negative reports have been presented. In a first line of
evidence against this idea, Plant et al. [91] showed that OECs
from adult rats did not myelinate DRG neurites. OECs failed
to exhibit the so-described “Schwann-like” pattern of myelination. In contrast, “flat meandering processes” of OECs
were observed encircling the DRG neurites [91]. Later on,
the reparative ability of these cells in a contusion injury of
the spinal cord was evaluated. After transplantation, OECs
exerted a poor effect over axonal outgrowth and myelination,
as well as functional hindlimb recovery of the animals [92].
As a conclusion, it is widely considered that OECs can
create a permissive environment for axonal regeneration in
the hostile environment of a SCI. While this is associated, by
several authors, with the glial cell ability to support axonal
growth and remyelination, others attribute this phenomenon
to their secretome. In fact, OECs were found to secrete
nerve growth factor (NGF), brain-derived neurotrophic factor (BDNF), neuregulins [31], and glial cell line-derived
neurotrophic factor (GDNF) [32].
Regarding OECs transplantation into human SCI, some
clinical trials have already been performed. The feasibility and
safety of autologous OECs transplantation into patients with
complete thoracic injuries was tested in a Phase I/II clinical
trial [93, 94]. One year [93] and three years [94] after cell
implantation into the damaged area, no complications were
observed regarding the safety of the procedure. No spinal
cord cyst or tumor formation was reported, neither neuropathic pain nor deterioration in neurological status. Also,
there were no significant functional changes in any patients.
In contrast, a Phase I/II pilot clinical study performed by
Lima et al. [95] showed that the transplantation of olfactory
mucosa autografts in patients with severe chronic SCI had
promoted motor improvements in 11 patients (out of 20).
Although some adverse events were reported in 5 of the
patients, the growth of nonneoplastic tissue in the lesion site
of all of them was observed.
2.5.2. Schwann Cells. Over the years, it has been considered
that SCs might be useful tools as cell therapies for CNS
injuries such as SCI. This idea is based on the possibility that
SCs might allow damaged CNS axons to regrow and remyelinate in the same way as it occurs in the PNS [96]. However, it
has been postulated that the suitability of SCs could be diminished in the presence of astrocytes [97]. Recalling that this
cell type is present in areas of SCI, such hypothesis would be
imposing the idea that SCs transplantation within astrocyterich environment would unable these cells to integrate extensively within it [98]. Despite the evidences supporting this
theory, there are several studies indicating that SCs are able to
promote regeneration, while myelinating axons in SCI sites,
thus being a good candidate to mediate the repair of such
lesion. To corroborate this, experiments with autologous SCs
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transplantation were performed in thoracic injuries of cat
spinal cords. In twelve animals (out of 25), all surviving axons
in the dorsal column were remyelinated by the transplanted
cells at injury level [99]. There was also a peripheral myelination of the dorsolateral tracts in six cases [99]. Furthermore,
in a transected nude rat spinal cord, grafts of human SCs
promoted axonal regeneration and myelination of several
neuronal populations in the lesion site. Some regenerative
growth also occurred beyond the graft, accompanied by a
modest improvement in function [100]. More recently, adult
SCs were found to sustain neuronal survival and promote
axonal regeneration and hindlimb locomotor performance
in a moderately contused adult rat thoracic spinal cord [92].
Thereafter, autologous transplantation of mitogen-expanded
SCs in a model of acute demyelination of a monkey spinal
cord resulted in functional and anatomical repair of the
lesion, as well as in repair of large areas of demyelination [101].
Another interesting fact was that genetic-modified SCs
that overexpress NGF [102] or BDNF [103] robustly increased
axonal growth and remyelination after transplantation into
SCI adult rats [102, 103]. Interestingly, grafted SCs exhibited
a phenotypic and temporal course of differentiation that
matched patterns normally observed after peripheral nerve
injury [102].
So far, the evidences show the potential of SCs as cell
transplants to integrate into SCI. As a result, their clinical
translation has been described in a number of interesting
reports. For instance, Saberi’s group focused on the autologous transplantation of SCs into patients with chronic spinal
cord injuries. The cells were injected directly into the lesioned
area [104] or by intramedullary delivery [105]. In both studies,
no adverse effects were observed one year [104] and two years
[105] after cell transplantation, even though beneficial effects
were not observed. In general, the procedures conducted
were found to be safe. More recently, the Miami Project to
Cure Paralysis performed the first-ever FDA approved SCs
transplantation in a patient with complete thoracic SCI. The
aim of this Phase I clinical trial is to evaluate the safety and
feasibility of transplanting the patient’s own SCs. Therefore,
the patient received his own SCs about four weeks after injury
and there have been no adverse consequences, so far. The
project is now moving forward with this Phase I clinical trial,
enrolling a total of eight participants with acute thoracic SCI
[106].
Regardless of the advances in cell therapy for SCI treatment revealing to be promising, this approach is usually
applied acutely and subacutely. However, cell transplantation
for SCI often fails to yield functional recovery [13]. When cells
are simply directly delivered into the injury site at this phase,
an elevated percentage does not survive to the profound
hypoxic and ischemic environment. Therefore, alternatives
are needed in order to efficiently deliver cells and cell based
therapies within SCI sites.

3. Biomaterials as a Tissue Engineering
Approach for SCI Repair
The limited regenerative capacity of the CNS is well known.
Besides the inhibitory environment that is created after
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damage, as it occurs in SCI, there is a lack of a physical matrix
where neurons and endogenous repairing cells can adhere.
These are two of the main reasons supporting the use of biomaterials in SCI-related research. In this sense, biomaterials
science and tissue engineering approaches have been in the
forefront of new strategies to approach SCI treatment. Among
the biomaterials available, hydrogels appear as an excellent
option, mainly due to their physical properties, which can
closely mimic the soft tissues environment and the architecture of the CNS. Also, their chemical composition can be
adapted to integrate extracellular matrix (ECM) molecules as
well as other adhesion proteins, aiming at efficiently support
and guide axonal regeneration. Interestingly, the development of hybrid matrices is also an approach used for SCI
repair, since one can benefit from the properties of different
materials to promote SCI recovery [107–109].
Taking this into account, this section will focus mainly on
biomaterials application in a SCI context, particularly the use
of hydrogel-based strategies.
3.1. Hydrogel-Based Biomaterials for SCI Treatment. For clinical applications, the design of a biomaterial must satisfy
some essential criteria, such as biocompatibility, so it does
not trigger any immune response from the host; specific tailored mechanical and physicochemical properties that allow
both spinal cord stabilization and cell attachment and growth;
porosity and permeability for the diffusion of ions, nutrients,
and waste products; and biodegradability, so the biomaterial
degrades as new tissue grows, thus mimicking the natural
mechanisms of breakdown and synthesis of ECM in the
natural tissues [14, 110, 111]. Among the variety of available
materials for tissue engineering, hydrogels are particularly
appealing for neural tissue repair, because their properties
match all these requirements. Actually, hydrogels have physical properties that allow them to be injected into the body in
a noninvasive manner. Moreover, they can be administered
in a localized manner and are also able to fill the defects
caused by injury [14, 112, 113]. Therefore, they act as depots
for a sustained release of cells and molecules at the injury site.
As cell delivery agents, hydrogels also improve cell survival
and integration [114]. Structurally, they are very similar to
macromolecular-based components in the body and are considered biocompatible, namely, when derived from natural
polymers [115]. Also, their high water content has the advantage over other matrices of better mimicking the aqueous
environment of the ECM [116].
A number of hydrogels have been developed for SCI
repair, including natural-based hydrogels such as alginate [108, 117, 118], agarose [119–121], collagen [122–124],
fibronectin [125, 126], fibrin [127, 128], matrigel [122, 129],
and gellan-gum [109, 130, 131], as well as synthetic biodegradable-based hydrogels, namely, poly(lactic acid) (PLA)
[132, 133], poly(lactic-co-glycolic acid) (PLGA) [134, 135],
poly(ethylene glycol) (PEG) [136, 137], and the nonbiodegradable methacrylate-based hydrogels, including the poly(2hydroxyethyl methacrylate) (pHEMA) [107, 122, 138] and
poly(hydroxypropyl methacrylate) (pHPMA) [139–141].
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3.2. Natural-Based Hydrogels. An important aspect to be
considered when developing a hydrogel is its integration and
interaction with the host tissue. Therefore, many of the hydrogel formulations used in biomedical applications include
natural polymers or molecules present in living tissues.
For neural tissue repair, natural-based hydrogels are substances that normally appear in natural ECM or have certain
properties that are recognized by cells, facilitating their integration within the host [142, 143], thus being preferred for SCI
repair. Moreover, they exhibit similar properties of the soft
tissues they are replacing [143]. However, since these materials derive from natural sources, they may elicit immune
reactions from the host where they will be implanted and
heterogeneity between batches may also be observed [144].
Among the above referred natural hydrogels, we will
herein focus on agarose, alginate, collagen, fibrin, chitosan,
and gellan-gum.
3.2.1. Agarose. Agarose is a polysaccharide of D-galactose
and 3,6-anhydro-L-galactopyranose that has tissue-like
mechanical properties and has been widely used for drug
delivery strategies due to its porous nature [120]. In addition,
agarose gels have also the potential to be applied as nonviral
gene delivery systems as they have been shown to provide
a slow release of bioactive, compacted DNA [145]. Being
derived from cell walls of red algae, agarose is a biocompatible
component, which enables it to be used in tissue engineering
approaches.
One aspect of agarose gels that makes them particularly
interesting for CNS-related diseases is their ability to polymerize in situ, so they can fill different types of neurological
defects, adapting to the shape of the lesion [120]. Moreover,
this type of hydrogel has already shown the capacity of
supporting neurite extension in vivo [120].
In two different rat models of SCI (contusion and dorsalover hemisection), agarose gels were used as reservoirs for
MP-loaded nanoparticles [146, 147]. This kind of construct
allowed for a local and gradual release of the drug, with
improved effects on reduction of the lesion volume and
expression of proinflammatory proteins, when compared to
systemic MP delivery [146, 147]. Agarose-based hydrogel has
also been used for harboring lipid microtubes loaded with
different drugs, namely, chondroitinase ABC (chABC) [148].
This system facilitates a local sustained release of chABC,
consequently reducing the deposition of chondroitin sulfate proteoglycans (CSPGs, a major class of axonal growth
inhibitors) and obviating the use of more invasive, continuous
drug delivery systems (such as pumps or catheters) [148]. In
an identical approach, agarose gels were coupled with lipid
microtubes loaded with constitutively active Rho GTPases
(Cdc42 and Rac1), which reduced CSPGs deposition and
reactive astrocytes, promoting axonal growth in CSPG-rich
regions [149]. More recently, a bioengineered agarose scaffold
proved to support motor axon regeneration after a complete
transection SCI model [150]. Moreover, the fabrication of
channels within the gel allowed a more linear and organized
axonal growth [121, 150]. In another study, agarose gels were
modified to become photolabile and then, after the exposure
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to a focused laser, physical and chemical channels were created, by simultaneously immobilizing a fibronectin peptide of
glycine-arginine-glycine-aspartic acid-serine (GRGDS) into
their structure. These channels were found to provide guidance in cell migration and neurite outgrowth [151].
3.2.2. Alginate. Another polysaccharide derived from cell
walls of algae (brown algae) is alginate, which is able to absorb
200–300 times its own weight in water [152]. Composed
of repeating units of (1–4)-linked 𝛽-D-mannuronate and 𝛼L-guluronate [153], it has been used as a substrate for cell
encapsulation, cell transplantation, and tissue engineering
applications [108, 154, 155]. The gelation of this hydrogel
occurs upon interactions between the carboxylic acid moieties and different counterions, like calcium [156]. However,
the gelation procedure can be also based on the existence of a
physical network, stabilized by intermolecular hydrophobic
interactions between alkyl chains linked to the alginate
backbone [154].
Alginate gels with hydrophobic domains provide a good
retention of proteins that could be released upon the dissociation of the hydrophobic junctions [154].
In in vivo models, alginate hydrogels were also applied for
the delivery of growth factors, including vascular endothelial
growth factor (VEGF). After the application of a mechanical
stress to the hydrogel, increased amounts of VEGF were
released from the gels, leading to enhanced neovascularization processes within alginate hydrogels [157]. In acute
cervical spinal cord lesions of adult rats, alginate-based
highly anisotropic capillary hydrogels induced directed axon
regeneration across the implanted artificial scaffold [108].
Since mammals do not possess enzymes capable of degrading
high molecular polymers of alginate, the addition of PLGA
microspheres loaded with alginate lyases to the gel can provide a tunable and controlled enzymatic degradation of this
natural hydrogel [158]. In a more recent study, alginate hydrogels were used as deposits of GDNF (either free or inside
microspheres) and injected into an injury of a hemisection
model of SCI in rats. After either six weeks or three months,
more neurofilaments were observed in the lesion of the animals treated with free GDNF loaded hydrogels, as compared
to microspheres-GDNF-treated or untreated controls. In
addition, the same group of animals presented less glial fibrillary acidic protein (GFAP) staining and more endothelial and
nerve fiber infiltration at the lesion site. Superior functional
recovery was also observed in free GDNF-treated rats, as
assessed by gait analysis [118].
3.2.3. Collagen. Collagen is one of the major proteins found
in the ECM of different tissues in mammals [159]. It is mainly
synthesized by fibroblasts and there are up to 29 different
collagen types, the type I being the most common [159]. In
addition, gel formation can be induced just by changing the
pH of a collagen solution [143]. Collagen-derived materials
are therefore highly biocompatible, but also biodegradable
and noncytotoxic, having the ability to support cellular
growth [159]. In this sense, collagen has been widely used
in clinics, in different applications such as recovery of tissue
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defects, burns, wound dressings, and nerve regeneration
[160]. As major drawbacks, collagen mechanical behavior in
vivo may be variable and sometimes it may elicit an antigenic
response, namely, if cross-species transplantation is used
[161]. Other concerns include variability in the enzymatic
degradation rate, when compared with hydrolytic degradation, and presence of trace impurities [159].
In what concerns collagen application to SCI, Jimenez
Hamann et al. [162] developed a concentrated collagen
solution for the localized delivery of different growth factors.
Collagen with epidermal growth factor (EGF) and fibroblast
growth factor 2 (FGF-2) was injected into the subarachnoid
space of injured Sprague-Dawley rats. This resulted in less
cavitation at the lesion epicenter (and also in other caudal
areas), associated with more white matter sparing, as compared to nontreated animals [162]. In another study, collagen
filaments were grafted parallel to the spinal cord axis of
SCI rats, working as a bridge to foster neuronal regeneration.
After four weeks, regenerated axons crossed the proximal and
distal spinal cord-implant interfaces. Following twelve weeks,
rats presented improved locomotor behavior and somatosensory evoked potentials (SSEP) were observed [123]. More
recently, multichannel collagen conduits were used as reservoirs for neurotrophin-3 (NT-3) gene delivery in SCI rats.
One month after injury, an aligned axonal regeneration was
observed, and a higher number of regenerating axons were
found in the conduits delivering NT-3 [124]. The association
of collagen scaffolds to basic FGF also induced significant
improvements in motor behavior of SCI rats and allowed
guided growth of fibers through the implants [163].
3.2.4. Fibrin. Hydrogels based on fibrin have also been
extensively explored for SCI treatment. Fibrin is a fibrous
protein that is involved in blood clotting. It is produced
during the coagulation cascade, when fibrinogen is cleaved by
thrombin, giving origin to fibrin monomers. Thereafter, these
monomers spontaneously polymerize and create a threedimensional (3D) matrix [164]. One important aspect of
fibrin is the possibility to control their gelation process by
varying the concentration of thrombin used. This feature
offers the possibility of maintaining fibrin at a liquid state
during injection, while forming a solid scaffold in vivo [165].
However, there are also some disadvantages. Fibrin gels from
mammalian origin tend to degrade rapidly [166, 167] and may
be easily contaminated by blood-derived pathogens or prion
proteins [168]. In addition, some reports show that autologous mammalian fibrinogen inhibits neurite outgrowth [169]
and activates resident astrocyte scar formation [170].
Regarding the use of fibrin in SCI applications, Iwaya
et al. showed in 1999 that it was an effective intermediate
for intraspinal delivery of neurotrophic factors [171]. In the
same line of thought, Taylor et al. managed to deliver NT3 within fibrin scaffolds to SCI rats. Nine days after injury,
this treatment elicited a more robust neuronal fiber growth
into the lesion, in comparison to control groups. A dramatic
reduction of glial scar formation was also observed. However,
no differences in motor recovery were found between groups
[128]. More recently, with the purpose of avoiding some of
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the mammalian fibrin side effects, Sharp et al. tested salmonderived fibrin as an injectable scaffold for SCI [165]. Salmon
fibrin-treated animals showed greater recovery of locomotor
and bladder function and even more serotonergic innervation caudal to the lesion, as compared to animals treated with
human fibrin or untreated controls. Furthermore, no effects
were observed on glial scar formation or lesion volume [165].
Additionally, in 2010 King et al. used injectable forms of fibrin
mixed with fibronectin (FN/FB) to support axonal ingrowth
after SCI [126]. One week after injury, the mixture showed
good integration with the host spinal cord and supported
some degree of axonal growth. After four weeks, axonal
growth in FN/FB implants was the greatest compared to other
implants tested [126].
3.2.5. Chitosan. The linear polysaccharide chitosan is also a
good alternative as a regenerative biomaterial-based strategy
for SCI. This polysaccharide is composed of randomly distributed 𝛽-(1–4) linked D-glucosamine (deacetylated unit)
and N-acetyl-D-glucosamine (acetylated unit). It can be
derived from chitin found in crustacean shells, which is the
second most abundant biopolymer after cellulose [172].
Chitosan is able to form a gel by itself, without the need
of additives [173]. That may happen via hydrogen bonds,
hydrophobic interactions, and chitosan crystallites [174].
These hydrogels can also be formed by blending chitosan with
other water-soluble nonionic polymers [175] or polyol salts
[176]. Since it is of polycationic nature in acidic conditions,
chitosan can also form hydrogels through interaction with
negatively charged molecules [177]. Another type of chitosan
hydrogels can be formed via covalent bonds with metal ions
[178], though these gels are less suitable for biomedical use
[173]. Finally, the gelation of chitosan could also be obtained
through covalent bonding between polymer chains. These
bonds make the hydrogel more stable because the gelation
is irreversible. Nevertheless, this approach may alter the
primary structure of chitosan, which will lead to changes in
its properties [173].
Chitosan hydrogels are pH-sensitive, being soluble in
dilute aqueous conditions and precipitating into a gel at
neutral pH [179]. The fact that this polymer is biodegradable
and biocompatible is also very important for being used as a
scaffold in tissue engineering applications. In vertebrates it is
mainly degraded by lysozyme and some bacterial enzymes in
the colon [180].
In what concerns neuronal repair, chitosan is commonly
applied in the production of tubular structures most frequently used in peripheral nervous system [181]. However,
chitosan hydrogels have also been applied in neural tissue
engineering. For instance, the use of chitosan/glycerophosphate salt (GP) hydrogels showed that this type of gels
provides a suitable 3D scaffolding environment for neurons,
namely, fetal cortical mouse cells [179]. Addition of peptides,
like poly-D-lysine, also showed the capacity to improve
scaffold biocompatibility and nerve cell affinity for chitosan
materials [182].
3.2.6. Gellan-Gum. Finally, the recent use of gellan-gum(GG-) based hydrogels for CNS applications has already been
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shown to be promising. GG is a natural polysaccharide that
is produced by the bacterium Pseudomonas elodea [183]. Its
structure consists of repeating units of a tetrasaccharide,
composed by two residues of D-glucose, one residue of Lrhamnose and another of D-glucuronic acid [D-Glc(𝛽1 →
4)D-GlcA(𝛽1 → 4)D-Glc(𝛽1 → 4)L-Rha(𝛼1 → 3)]n [184]. This
linear anionic polysaccharide exists in both the acetylated and
deacetylated forms, originating thermoreversible gels with
different mechanical properties according to the degree of
deacetylation [183].
GG is noncytotoxic and particularly resistant to heat
and acid stress, being useful in culture of extremophile
organisms [185]. The gelation process of this biomaterial is
ionotropic, meaning that the presence of cations is necessary
for the formation of a stable hydrogel structure [186]. In this
process, divalent cations promote a more efficient gelation
than monovalent cations [187], at the same time that several
structural changes take place. At higher temperatures, GG is
in a coil form. As temperature decreases, there is a thermoreversible transition from coil to double-helix structures. These
structures form oriented bundles by self-assembly, which are
called junction zones. Untwined regions of polysaccharide
chains can also link with the junction zones, leading to the
formation of a three-dimensional network that assembles the
gel [187].
Regarding SCI applications, our group has developed
different strategies based on GG hydrogels [109, 131]. In
2010, Silva et al. [109] conjugated GG with three-dimensional
tubular structures made of a biodegradable blend of starch
(SPCL). This construct was revealed to be noncytotoxic and
capable of supporting the in vitro culture of oligodendrocytelike cells. Moreover, when applied in vivo in a hemisection rat
SCI model, it was shown that the scaffold was well integrated
in the lesion site without eliciting any chronic inflammatory
processes [109]. In 2012, the same construct was adapted
to enhance osteointegration by premineralizing the external
surfaces of the SPCL structure [131]. By using a sodium silicate
gel as nucleating agent, it was possible to create two distinct
environments, one aimed at inducing osteogenic activity
(external surface) and another for fostering neuroregeneration (internal surface) [131].
A common modification employed in this type of hydrogels is the addition of different peptide sequences that
mimic the ECM [151, 188], with the purpose of improving
phenomena like cell adhesion, growth, and development
[189]. In this sense, our group has modified GG with GRGDS
fibronectin peptide, which resulted in the enhancement of
cell proliferation and metabolic activity, as will be described
in detail in the next section [130, 190].
3.3. Synthetic Hydrogels. Regarding synthetic hydrogels, their
biggest advantage is the fact that they can be tailored to fit the
needs for a certain application. From physical and chemical
properties to degradation rates, many aspects of their structure can be modulated in order to improve their biocompatibility and degradation rate [191]. The findings related with the
use of biodegradable poly(lactic acid) (PLA) and poly(lacticco-glycolic acid) (PLGA) hydrogels, methacrylate-based
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hydrogels, and poly(ethylene glycol) (PEG) hydrogels will be
briefly discussed here.
3.3.1. Poly(lactic acid) (PLA) and Poly(lactic-co-glycolic acid)
(PLGA). PLGA/PLA polymers are members of the 𝛼hydroxy acid class of compounds and are composed of synthetic biodegradable aliphatic polyesters [192]. For controlling the degradation rate and mechanical properties of these
polymers, it is possible to vary the ratio of monomer units
and their stereochemistry (either D- or L-form), as well as the
molecular weight distribution of their chains [193]. Since
PLGA and other similar polymers have been approved by the
FDA for use in the repair of human peripheral nerves, their
translation into CNS-related injuries seems promising [194].
In SCI applications, Patist et al. [138] tested the effects of
poly(D,L-lactic acid) macroporous guidance scaffolds (in the
form of foams), with or without BDNF, on a model of transected rat spinal cord. Foams were embedded in fibrin glue
containing acidic-FGF, resulting in some gliotic and inflammatory response in the cord-implant interfaces. In addition,
in BDNF-containing foams, 20% more NeuN-positive cells
(marker for neurons) were present in the spinal nervous
tissue in the rostral stump, as compared to controls, four
and eight weeks after implantation, respectively. These same
foams showed a significant higher level of vascularization.
Curiously, treatment with fibrin only yielded more axons than
the other groups. Through behavioral analysis, similar functional improvements in all groups were found [138]. Furthermore, PLA microfibers, in an aligned or random form, were
implanted in rats subjected to a complete transection of the
spinal cord. Four weeks after injury, both types of microfibers
facilitated the infiltration of host tissue and allowed the
closure of the initial three millimeters gap. However, aligned
PLA fibers promoted longer distance of rostrocaudal axonal
regeneration as compared to random PLA fibers or film
controls [133].
Regarding PLGA, nano- and microparticles of this hydrogel have been widely used as delivery agents for tissue engineering applications [195]. In a SCI animal model, Fan et al.
[135] used PLGA nerve conduits in combination with recombinant human NT-3 (rhNT-3). Rats were subjected to a
complete thoracic transection of the spinal cord and then
PLGA was implanted together with an rhNT-3 single dose
administration. Animals treated with the combinatorial
approach presented significantly improved performances in
the BBB2 (Basso, Beattie, and Bresnahan) rating locomotor
scale and grid walk tests [135].
3.3.2. Methacrylate-Based Hydrogels
Poly[N-2-(hydroxypropyl) methacrylamide] (PHPMA).
PHPMA hydrogels were first described by Woerly and colleagues [140, 141]. They synthesized a biocompatible and
heterogeneous hydrogel, with an open porous structure that
allowed the transport of both small and large molecules, as
well as the migration of cells and blood vessels [141]. This
hydrogel also presented viscoelastic properties similar to the
neural tissue [140]. When implanted into a transected rat
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spinal cord, the hydrogel successfully bridged the tissue defect
favoring cell growth, angiogenesis, and axonal growth within
the microstructure of the network [140]. This hydrogel was
showed to be permissive to the growth of a reparative tissue,
composed of glial cells, blood vessels, axons, and dendrites
and even ECM molecules, such as laminin and/or collagen
[141]. Other features of PHPMA hydrogels include a reduction of necrosis and cavitation in the adjacent white and
gray matter of transected rat spinal cords [139]. Furthermore,
using this type of hydrogels in cats subjected to a transection lesion provided some motor benefits, as compared to
nontreated cats [196]. More recently, PHPMA hydrogels were
used as a matrix in order to create an appropriate microenvironment for axonal regeneration in SCI rats. Hydrogelimplanted animals exhibited an improved locomotor BBB2
score and an overall better coordination in neuromuscular
evaluations, such as breathing adjustment to electrically
evoked isometric contractions and H-reflex recovery. After
immunohistochemistry analysis, ED-1 positive cells accumulation (macrophages/monocytes) was evident at the border
of the lesion. At the same time, a larger number of neurofilament-H positive axons penetrated the matrix. In addition,
there was also myelin preservation rostrally and caudally to
the lesion [197].
Poly(2-hydroxyethyl methacrylate and 2-hydroxyethyl methacrylate-co-methyl methacrylate) (PHEMA/PHEMA-MMA).
As other synthetic hydrogels, PHEMA/PHEMA-MMA polymers have the disadvantage of being nonbiodegradable [107,
122]. Nevertheless, this property allows them to remain stable,
even upon implantation [144]. In addition, these are biocompatible hydrogels, with the capacity of swelling in water
and retaining significant amounts of water without dissolving
[198].
PHEMA polymers are the most actively researched
nondegradable materials used for nerve guidance channels
[193], because they possess soft, tunable mechanical properties and can be easily molded into tubular shapes, with
controlled dimensions, morphology, and permeability [199].
Furthermore, since PHEMA synthesis is carried out at low
temperatures and without toxic solvents, it is possible to
incorporate bioactive compounds into the polymer scaffold
[107].
When applied in a rat transection model, PHEMAMMA hydrogel conduits allowed a continuity of tissue
within the synthetic guidance channels created [107]. These
conduits were further combined with different matrices and
growth factors, leading to increased axonal density within
the channels, as compared to unfilled channel controls [122].
Nevertheless, it was shown that the degree of integrity of the
conduits was drastically reduced 16 weeks after implantation,
when compared to eight weeks’ time point [200]. Moreover,
an important improvement was performed on PHEMA conduits by introducing coils into nerve channel’s walls in order
to provide reinforcement [201]. For instance, PHEMAMMA guidance channels containing poly-caprolactone coils
showed greater patency (openness) than nonreinforced channels, resulting in regeneration similar to autografts, regarding
peripheral nervous system injury [201]. PHEMA sponges
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have also been used as a conductive substrate for regenerating
axons in rats subjected to a spinal cord contusion lesion.
These sponges were impregnated with collagen prior to
implantation into the dorsal funiculus after the lesion. Two
and four months after implantation, a minimal fibroglial
reaction was observed, associated with low accumulation of
mononuclear cells or angiogenesis within the sponge and
spinal cord interface. Moreover, the cystic cavity was virtually
absent and axons labeled with anterograde tracers penetrated
and elongated through the full length of the sponge [202].
Modified PHEMA-based hydrogels have also been used
in order to increase cellular adhesion [203]. For instance,
a hydrogel structure modification with laminin-derived
peptides—tyrosine-isoleucine-glycine-serine-arginine and
isoleucine-lysine-valine-alanine-valine (YIGSR and IKVAV)—
led to a significant increase of DRG cells survival, after two
days in culture, as compared to unmodified hydrogels [203].
Furthermore, implanted PHEMA hydrogels in a model of
partial cervical hemisection injury in rats have only induced
a modest cellular inflammatory response, which disappeared
after four weeks. In addition, minimal scarring was observed
around the matrix. A considerable level of angiogenesis
was observed within the hydrogels and, when soaked in
BDNF, axonal penetration into the gel was observed [204]. In
another model of complete transection of the cord, PHEMA
hydrogels were implanted either immediately or one week
after SCI. Three months later, histological evaluation revealed
that the hydrogel adhered well to the spinal cord tissue. In
addition, an ingrowth of connective tissue elements, blood
vessels, neurofilaments, and Schwann cells throughout the
gel was observed. Moreover, there was a significant reduction
in pseudocyst volume, which was more evident in animals
treated one week after injury [205]. More recently, Kubinová
et al. used PHEMA hydrogels with oriented pores and
modified with SIKVAV peptide in a spinal cord hemisection
model. From three types of hydrogel tested (with different
elastic modulus and porosities), the best option promoted
tissue bridging and an aligned axonal ingrowth [206].
3.3.3. Poly(ethylene glycol) (PEG).Poly(ethylene glycol) (PEG)
is a nontoxic polyether compound that is water soluble and
known to resist protein adsorption and cell adhesion [207].
These properties make PEG polymer highly resistant to
recognition by the immune system after implantation [144].
Besides this, PEG helps to seal cell membranes after injury,
limiting cell death [144].
Depending on the cross-links created, PEG hydrogels can
be designed with varying degradation rates and can be used
as drug releasing vehicles [208, 209]. Moreover, they can be
additionally modified in order to increase cell adhesion [210,
211]. It is also known that PEG exhibits rapid clearance rates
and has already been approved for a wide range of biomedical
applications [208], including SCI.
In an in vivo model of SCI, treatment with a PEG solution
by itself was capable of accelerating and enhancing the
membrane resealing process, restoring neuronal membrane
integrity. This led to suppressed levels of reactive oxygen
species (ROS) elevation and lipid peroxidation [136]. In a
similar approach, PEG treatment was also able to restore
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the conduction of compound action potential (CAP) in
injured spinal cords [137]. Furthermore, a study performed
on adult guinea pigs showed that, six hours after a spinal cord
contusion, a single subcutaneous injection of PEG (in saline)
produced a rapid recovery of SSEP propagation through the
lesion. This was followed by a significant recovery of the
cutaneous trunci muscle (CTM) reflex, which is a good index
of white matter integrity [212]. In another study, using dogs
as an animal model of SCI, PEG injection in the acute phase
was shown as clinically safe and induced a rapid recovery in
different outcome measures, as compared to conventionally
treated dogs [213]. Also, coupling PEG hydrogels with NT-3
and implanting these in a rat model of SCI provided improved
locomotor behavior to lesioned animals and greater axonal
growth, in comparison to controls treated with hydrogel
alone [214]. More recently, it was also shown that PEG was
effective even in conditions of low Ca2+ and low temperature
and that the hydrogel mechanism of action may be based on
a reduction of membrane tension, facilitating the resealing of
the membrane [215].
In conclusion, it seems that PEG action has two main
pathways: one is based on the protection against membrane
damage, which leads to reduced necrosis and apoptosis, while
the other is preventing the effects of mitochondria-derived
oxidative stress, showing a reduction in ROS formation and
lipid peroxidation [216].
3.4. Self-Assembly Peptides. Another alternative that has been
used in SCI research is the application of self-assembling
peptides (SAPs) [217]. These SAPs originate solid scaffolds
that are formed by self-assembly of peptide amphiphiles
from aqueous solutions [217]. The peptide sequences can
be customized for obtaining a specific cell response. When
cell suspensions are added to these aqueous solutions, the
amphiphilic molecules aggregate forming different nanofiber
networks. This aggregation happens mainly due to (1) the
presence of electrostatic repulsions between the negatively
charged SAPs and the cations present in culture media; and
(2) the partial hydrophobic nature of the SAPs. An injection
of liquid SAPs into living tissues will also lead to scaffold
formation [217]. The presence of a peptide of interest in
the hydrophilic part of the SAPs allows a significant motif
presentation to cells. Based on this concept, in 2004, Silva
and coworkers developed a SAP with IKVAV laminin motifs
[217]. Neural progenitor cells (NPCs) were encapsulated in
these gel-like scaffolds and remained viable for at least 22
days. Furthermore, this system was able to promote NPCs
migration and direct their differentiation largely into neurons, while suppressing astrocyte differentiation [217]. This
was proved to be due to IKVAV presence, since a similar
SAP designed with the nonbioactive EQS (glutamic acid,
glutamine, and serine) peptide did not induce cell migration, sprouting of neurites, or neuronal differentiation [217].
Suppressing astrocyte differentiation and proliferation is
important since it can be associated with prevention of glial
scar formation [217]. Finally, neurons within these networks
were larger and produced longer neurites compared to
neurons grown in control cultures. Later in 2008, a work
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published by the same group assessed the effects of SAPs with
IKVAV motifs in a mouse compression model of SCI [218].
Twenty-four hours after injury, SCI mice were treated with a
single injection of the IKVAV peptide amphiphiles (IKVAVPA) and the respective controls. First, IKVAV-PA was found
to be stable, being only biodegraded after 4 weeks. Then, the
in vivo application of these peptide amphiphiles to SCI mice
reduced the progression of astrogliosis (assessed after 5 and
11 weeks) and cell death (less apoptotic cells after 10 days).
At the same time, there was an increased number of oligodendroglia at the site of injury, as compared to controls. The
IKVAV-PA also promoted the regeneration of both descending motor and ascending sensory fibers through the lesion
site 11 weeks following injury, even though fibers grew in a
random manner. In addition, mice treated with IKVAV-PA
presented a significant behavioral improvement as assessed
by the BBB2 locomotor scale [218]. An injection of the IKVAV
peptide alone did not induce functional recovery, which
reinforces the idea that the combination of SAPs and IKVAV
peptide is essential to produce an effect. In another study of
the same authors [219], an injection of IKVAV-PA provided
functional improvements both in mice and rats and in
two different models of SCI (compression and contusion,
resp.). Moreover, the IKVAV-PA treated animals presented a
significantly higher density of serotonergic fibers, caudal to
the injury site. Interestingly, this difference only appeared in
the chronically injured cord [219]. The improved serotonergic
innervation may partially explain the functional improvements observed in other studies [219].
More recently, Berns et al. [220] used a similar strategy by
modifying these aligned scaffolds with IKVAV or RGDS epitopes. These ECM-derived bioactive peptides were presented
on the surface of aligned nanofibers of the monodomain gel.
The growth of neurites from neurons encapsulated within
the scaffolds was enhanced, while the alignment guided the
neurites along the direction of the nanofibers [220]. This fiber
alignment proved to be a powerful directional cue for neurite
outgrowth [220]. In addition, neurons cultured in the scaffold
for two weeks presented spontaneous electrical activity and
established synaptic connections [220]. Finally, when applied
in vivo, the scaffolds were able to form in situ within the
spinal cord and promoted the growth of oriented processes
[220]. In summary, this particular scaffold has the potential
to propagate electrical signals and neurite outgrowth in a
desired direction [220].
Using a different SAP, firstly introduced by Dong et al.
[221], Liu et al. tested the effects of a multidomain peptide
[glutamine, leucine, and lysine—K2 (QL)6 K2 or (QL6)] on a
rat SCI compression model [222]. QL6 was injected 24 h after
injury and led to a significant reduction in posttraumatic
apoptosis, inflammation, and astrogliosis. In addition, it promoted tissue preservation and axonal regeneration. SCI rats
treated with QL6 also presented significant motor recovery,
as assessed by the BBB2 test [222].
Another interesting fact about SAPs is that, by modulating their mechanical properties, particularly their stiffness,
it is possible to influence neuronal differentiation and maturation [223]. In line with this, Sur et al. [223] studied the
morphological development of hippocampal neurons when
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using SAPs with different fiber rigidities. Softer nanofiber
substrates provided an accelerated development of neuronal
polarity and the weaker adhesion of neurites to soft PA
facilitates easier retraction, which fosters the frequency of
“extension-retraction” events [223].
According to the reported findings, hydrogels may have
a high therapeutic value for SCI treatment. Therefore, their
future application for cell and/or drug delivery appears to be
promising. In addition, considering the previously reported
limitations often found within cellular based therapies, the
combination with biomaterials has been widely considered
as an alternative method to mediate cellular transplantation
more effectively.

4. Combining Biomaterials and Cell
Transplantation for SCI Treatment
In spite of the experimental ground work regarding cell transplantation and biomaterial-based therapies for SCI, their use
as single approaches presents some limitations. Regarding
biomaterials alone, it is not always easy to modulate their
properties so they respond exactly as expected. Moreover,
they are not able to replace the cells lost during SCI. On
the other hand, cell transplantation by itself is not capable of
recreating spinal cord complex architecture and stability, or
even direct axonal regrowth [11]. Hence, taking advantage of
what both therapies offer to overcome the multiple hurdles of
SCI, synergistic effects on regeneration and functional recovery of the injured spinal cord can be provided if combined
strategies are employed [11, 14] (Figure 2).
In this sense, researchers have been focusing on the
use of biomaterials, specifically hydrogels, as systems for
cell encapsulation and delivery into injured spinal cords. As
summarized in Table 1, the advantages of these combinatorial
approaches have been revealed in several studies.
Regarding NSCs, artificial scaffolds made of synthetic
poly(glycolic acid) (PGA), PLA, and their copolymers have
been shown to be promising as cell carriers [224, 225]. However, the NSCs behavior was found to be dependent on the
mechanical characteristics of the scaffold, as the rate of NSCs
differentiation was higher in PLA nanofibers comparing to
microfibers, independently of the alignment [225]. Furthermore, the transplantation of NSCs with PLGA scaffolds into
SCI rats has been shown to maintain cell viability for longer
periods of time and improve the functional recovery of the
rats [226, 227]. In another interesting study, NSCs and
endothelial cells (ECs) were codelivered in a two-component
biomaterial composed of an outer PLGA scaffold and an
inner poly(ethylene glycol)/poly-L-lysine (PEG/PLL) macroporous hydrogel to the injured rat spinal cord in a hemisection model of SCI. The role of ECs in this approach was to promote the vascularization of the scaffold in order to increase
NSCs survival. In effect, the number of functional blood vessels at the lesion site has increased, though NSCs survival has
not, compared to the implant carrying only cells [228]. The
advantages of natural gels as a biomaterial to modulate NSCs
were also revealed in several studies. For instance, alginate
sponges contributed to the survival and differentiation of rat
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hippocampus-derived neurosphere cells, after transplantation into injured rat spinal cords [229]. Following a similar
line, fibrin based hydrogels supported neurite outgrowth
[230]. In vivo they have also been shown to increase the
number of neural fibers in a subacute rat model of SCI,
delaying simultaneously the accumulation of GFAP positive
reactive astrocytes around the lesion [231]. More recently,
NSCs expressing GFP were embedded into growth-factor
cocktail-containing fibrin matrices and were found to differentiate into neurons that were able to form synapses with the
host cells. Moreover, specific signaling pathways were found
to influence large axonal extension along the injury site.
Animals’ functional recovery was also observed [22]. After
chitosan/chitin films were shown to promote cell survival
in vitro [232], chitosan-based channels coated with laminin
were shown to significantly improve spinal cord-derived
NSCs survival, twelve weeks after transplantation in the
injured rat spinal cord. Still, axonal regeneration as well as
functional recovery was not promoted [233]. Finally, GG
hydrogels were also used to engraft NSCs in an in vitro study
performed by Silva et al. [130]. To enhance cell adhesion,
GG hydrogels were modified with GRGDS peptide using
Diels-Alder click chemistry. NSCs were found to adhere
and proliferate within the modified gels, when compared to
unmodified ones. In addition, OECs were used to further
enhance NSCs survival and outgrowth in this system. In the
cocultures, NSCs presented significantly greater survival and
proliferation compared to monocultures of NSCs [130].
MSCs combination with biomaterials has also emerged as
a potential tissue engineering approach, aiming at increasing
both MSCs engraftment efficiency and survival at the injury
site. For instance, therapeutic BM-MSCs in a poly(D,Llactide-co-glycolide)/small intestinal submucosa (PLGA/SIS)
scaffold induced nerve regeneration in a complete spinal
cord transection model [234]. Different defect lengths were
studied, with BM-MSCs survival being observed in general.
In addition, axonal regeneration as well as functional recovery was also reported, though it was found to be dependent on the defect length—smaller defects allowed for higher
functional recovery and regeneration [234]. Spinal cord
regeneration has also been extensively studied regarding the
implantation of MSC-containing macroporous hydrogels
based on derivatives of 2-hydroxyethyl methacrylate
(HEMA), 2-hydroxypropyl methacrylamide (HPMA), or
copolymers of HPMA [235] into spinal cord injuries. These
hydrogels were either modified by copolymerization with
a hydrolytically degradable crosslinker (N,O-dimethacryloylhydroxylamine) or by different surface electric charges
(HEMA-sodium methacrylate (MA) negative charge;
HEMA-2[2-(methacryloyloxy)ethyl]trimethylammonium
chloride (MOETACl) positive charge). After implantation,
the hydrogels integrated well in the injury site and promoted
cellular ingrowth, more pronounced in the positively
charged HEMA/MOETACl hydrogels. Axons were found
to invade all the implanted hydrogels from both proximal
and distal stumps. Moreover, the hydrogels were resorbed by
macrophages and replaced by newly formed tissue containing connective tissue elements, blood vessels, astrocytic
processes, and neurofilaments. P(HEMA) and HPMA
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Figure 2: The use of hydrogel matrices or their combination with cell therapy, such as MSC transplantation, for SCI treatment might potentiate
axonal regeneration and outgrowth through the injury site.

hydrogels were also modified with laminin-derived AcCGGASIKVAVS-OH peptide sequences [236] and RGD
amino acid sequences [237], respectively. These significantly
increased the number of attached cells and their growth area
[236] and allowed the hydrogels to successfully bridge the
spinal cord cavity, while promoting axons infiltration within
it, as well as blood vessels and astrocytes growth [238].
Agarose, alginate, and matrigel are other natural hydrogels used for MSCs transplantation. Template agarose scaffolds were grafted with BM-MSCs expressing either NT-3
[121] or brain-derived neurotrophic factor (BDNF) [150] and
placed into spinal cord lesion site. Long-tract sensory axonal
regeneration with increased linear organization was observed
into the spinal cord, even into severe, complete spinal cord
transection sites [150]. However, the formation of a host
reactive cell layer in the interface of the scaffold prevented
axonal penetration [121]. Regarding alginate and matrigel,
an in vitro study has reported the potential of these gels
in promoting DRG axonal regeneration when grafted with

different cell types, including BM-MSCs [239]. The incorporation of fibronectin in alginate was also considered. While
alginate alone inhibited both cell proliferation and DRG
neurite outgrowth, which was attenuated by the addition
of fibronectin or BM-MSCs, matrigel stimulated both cell
proliferation and DRG neurite outgrowth, in either the
absence or presence of cells. Fibrin has also been used to
transplant GFP-positive BM-MSCs into the cavity formed
after a hemisection spinal cord injury model in the rat. Four
weeks after transplantation, increased cell survival as well as
migration throughout the hydrogel was observed, accompanied by functional improvement of the animal, in comparison
to animals that received just BM-MSCs or a vehicle control of
PBS [240]. More recently, GG was also suggested for MSCs
encapsulation [190]. The engraftment of BM-MSCs within
a GG hydrogel modified with GRGDS fibronectin-derived
peptide as previously described [130] increased cell proliferation and metabolic activity, when compared to unmodified
hydrogels. Moreover, BM-MSCs secretome was positively
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Table 1: Therapeutic potential of combinatorial approaches based on cell therapy and biomaterials for SCI treatment.

Cells

Biomaterial

In vitro
improvements

NSCs

PLA
PLGA
Alginate
Fibrin
Chitosan
Gellan-gum
PLGA-PEG/PLL

In vivo
Functional
improvements

Histological
improvements

References

✓
—
—
✓
✓
✓

—
✓
✓
✓
✓
—

—
✓
✓
✓
M
—

[225]
[226, 227]
[229]
[230, 231]
[232, 233]
[130]

—

M

✓

[228]

Gellan-gum/GRGDS

✓

—

—

[130]

MSCs

PLGA/SIS
HEMA, HPMA, and HPMA copolymers
Agarose
Alginate
Alginate/fibronectin
Matrigel
Fibrin
Gellan-gum/GRGDS

—
—
—
✓
✓
✓
—
✓

✓
✓
M
—
—
—
✓
—

✓
✓
✓
—
—
—
✓
—

[234]
[235, 236, 238]
[121, 150]
[239]
[239]
[239]
[240]
[190]

OECs

SAP-IKVAV
PHB-b-DEG
Alginate
Alginate/fibronectin
Matrigel

✓
✓
M
✓
✓

—
—
—
—
—

—
—
—
—
—

[243]
[244]
[239]
[239]
[239]

Serum-derived albumin

—

✓

✓

[245]

PHB
PAN/PVC
Alginate
Laminin/collagen

M
—
✓
—

M
M
—
✓

✓
✓
—
✓

[249]
[129]
[239]
[247]

SCs plus OECs

PAN/PVC plus chABC delivery
PLLA-PLLA oligomers

—
—

✓
M

✓
✓

[250]
[251]

BM-MSC-SCs

Matrigel

✓

✓

✓

[246, 252]

NSCs plus ECs
NSCs plus OECs

OECs plus MSCs

SCs

✓: improvements observed; M: no improvements observed; —: not studied.

influenced, as proven by the enhancement of the survival and
differentiation of primary cultures of hippocampal neurons
in vitro [190].
Taking into account the well known capacity of OECs
to support and guide axonal elongation [89] and also their
interesting results when transplanted into SCI lesion models
[241, 242], their combination with a 3D matrix also holds
great promise regarding SCI repair. Among the various
studies exploring the combination of biomaterials and OECs,
Novikova et al. [239] used an in vitro model to test OECs
biocompatibility (among other cells) with different hydrogels.
In alginate hydrogels, OECs presented an atypical spherical
shape and their metabolic activity was inhibited. However,
when alginate was complemented with fibronectin, OECs
were the only cells able to proliferate. When OECs were
cultured in matrigel, their proliferation was stimulated and
their typical morphology was preserved [155]. Another in

vitro study explored the biocompatibility of IKVAV selfassembling peptide nanofiber scaffold hydrogels using OECs.
Either on 2D or on 3D surfaces, OECs could survive and
migrate in the scaffolds. In addition, cell number, viability,
and morphology were not significantly different compared to
OECs cultured with poly-L-lysine [243]. More recently, Chan
et al. [244] tested OECs ability to grow on polyhydroxybutyrate-polyethylene glycol hybrid polymers (PHB-bDEG). OECs proliferation was enhanced when cultured in
PHB-b-DEG films. Moreover, no cytotoxic responses were
observed, and cell viability was maintained. Finally, it was
also shown that OECs grown in PHB-b-DEG films entered
into the DNA replication (S) phase and mitotic (G2-M)
phase during the cell growth cycle, being associated with
low apoptosis [244]. Moving to in vivo experiments, FerreroGutierrez et al. [245] assessed the locomotor recovery of SCI
rats when treated with a serum-derived albumin scaffold
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seeded with both OECs and ASCs. First, it was shown that
both cell types adhered to the scaffold, remained viable, and
expressed specific markers. Then, rats treated with the cellseeded scaffolds showed improved locomotor skills at different time points, when compared to untreated SCI animals.
Furthermore, there was a reduction in glial scar formation
and the presence of cells expressing markers of neurons and
axons at the injury site was observed [245].
Finally, the use of biomaterials for SCs encapsulation
has also been considered. Although these cells belong to the
peripheral nervous system, SCs application in a SCI context is
quite common [246, 247]. This is mainly due to SCs myelinating capacity [248]. Therefore, the conjugation of SCs with
biomaterials-based strategies seems an obvious step towards
SCI regeneration. In a work developed by Novikova et al.
[239], SCs presented an atypical shape and an inhibited
metabolic activity when they were cultured on alginate
hydrogels. However, the combination of both attenuated
alginate inhibitory effects over DRG neurites outgrowth. In
addition, SCs proliferation was stimulated when cultured on
matrigel [155]. In another work from the same authors, SCs
were cultured on biodegradable tubular conduits made from
poly-beta-hydroxybutyrate (PHB) [249]. Then, the scaffold
was implanted in SCI rats and the presence of SCs allowed the
infiltration of neurofilament-positive axons within the conduits, associated with numerous raphaespinal and calcitonin
gene related peptide- (CGRP-) positive axons. Therefore, this
conjugate seems to support axonal regeneration after SCI
[249]. In fact, the association of SCs with guidance structures
has been recurrent in SCI experimental approaches [129,
250]. For instance, Bamber et al. [129] tested a SCI graft,
where cells were seeded on mini-guidance channels composed of 60 : 40 polyacrylonitrile : polyvinylchloride copolymer (PAN/PVC). This construct, associated with the delivery
of neurotrophins, promoted axonal outgrowth from the minichannels into the distal host spinal cord [129]. An identical
approach was performed by Fouad et al. [250], where SCs
were grafted in 60 : 40 PAN/PVC channels and transplanted
into the site of injury of SCI rats. This was complemented
with chABC delivery and OECs transplants. This combined
therapy provided significant improvements in the BBB2
locomotor score, which was correlated with an increased
number of myelinated axons in the SCs bridge [250]. Tubular
scaffolds made of high-molecular-weight poly(L-lactic acid)
(PLLA) mixed with 10% PLLA oligomers were also used
to seed SCs and implanted on rats subjected to a complete
transection of the spinal cord [251]. This construct was able
to hold without collapsing four months after injury. Through
several time points analyzed, SCs remained present in the
tubes, which were quite vascularized. In addition, there were
a significant number of myelinated axons. However, after
two months the growth and myelination presented a slight
decrease [251]. In another interesting approach, Kamada et al.
[252] differentiated BM-MSCs into SCs in vitro. Then, BMMSC-derived SCs (BM-MSC-SCs) together with matrigel
were used to fill an ultra-filtration membrane tube. This
construct was grafted into the gap of completely transected
spinal cords of adult rats. In these animals, the number of
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neurofilament- and tyrosine hydroxylase- (TH-) immunoreactive nerve fibers was significantly higher when compared
to control groups. In addition, the same animals showed a
significant recovery of the hindlimb function [246]. More
recently, the same group combined BM-MSC-SCs with
matrigel. This mixture was injected into the lesion site, 9 days
after a contusion lesion in adult rats. The results demonstrated
that, in comparison to control groups, BM-MSC-SCs with
matrigel-treated animals presented a smaller cystic cavity
area, a higher number of growth associated protein-43
(GAP43) positive fibers, a larger number of TH- or serotoninpositive fibers at the lesion epicenter and at a caudal level, the
formation of peripheral-type myelin near the lesion epicenter,
and a significant recovery of hind limb function [246].
In a contusion injury model, Patel et al. [247] implanted
SCs with in situ gelling laminin/collagen matrices. In comparison to cell transplantation by itself, the 3D matrices
enhanced long-term cell survival, but not proliferation. In
addition, graft vascularization was improved and the degree
of axonal ingrowth was also increased. Finally, some level of
functional recovery was also achieved, as assessed through
the BBB2 locomotor score [247].
These are very promising results regarding the use of
biomaterials as cell carriers for SCI treatment. In the future,
the challenge will be to define the most promising biomaterial
to engineer and design effective cell-based therapies.

5. Conclusions
The inability of the adult CNS to regenerate is not completely
understood regarding the mechanisms that are responsible
for repressing axonal regeneration and spinal cord functional
recovery. However, extensive progress has been made in
neural regeneration in SCI. Therefore, we herein focused
on some the most promising therapies currently used for
SCI repair: cell- and biomaterial-based therapies and their
conjugation.
Accomplishing axonal regeneration and reconnection
across the lesion is the major goal for SCI repair [2]. Clearly,
the use of cell transplantation is one of the top promising
strategies for this kind of treatment. Their translation to
human clinical applications is currently ongoing, with issues
regarding cell biosafety and biocompatibility being extensively tested. Nevertheless, the efficacy of cell therapy is still
compromised by the innumerous barriers presented by SCI,
including significant cell death observed following transplantation, which clearly decreases the effectiveness of this
technique. Besides, in chronic SCI, cell transplantation is
not sufficient to promote tissue remodeling and axonal
regeneration across the dense glial scar. Thus, regenerative
strategies using scaffolds to bridge the two segments of the
injured spinal cord and provide a three-dimensional environment for the regenerating axons are very attractive. In line
with this, the advantages of using biomaterials that support
cell transplantation were highlighted. However, the evolution
of sophisticated 3D scaffolds from 2D conditions for such
microenvironment of SCI is not free of challenges [193]. From
requirements such as oxygen availability and nutrients diffusion for the encapsulated cells, to the variability on gradients

16
and defects that result in heterogeneities in the synthetic
microenvironment, there are many aspects that must be
considered for the culture of mammalian cells in 3D environments, since it is already established that cell survival and
differentiation and tissue homeostasis are highly dependent
on these conditions [253].
Nevertheless, with increasing knowledge on the mechanisms by which specifically designed biomaterials support
cell behavior, and thus how CNS regeneration is promoted,
the future of SCI regeneration is probably linked to combinatorial approaches, integrating the multiple stimuli from these
two elements. Meanwhile, advanced studies on how biomaterials modulate cellular activity and the biosafety and efficacy
of this therapy must be addressed, in view of its clinical
application. In this way, medicine and tissue engineering
must work together in order to create better therapies.
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[93] F. Féron, C. Perry, J. Cochrane et al., “Autologous olfactory
ensheathing cell transplantation in human spinal cord injury,”
Brain, vol. 128, no. 12, pp. 2951–2960, 2005.
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delayed transplantation of olfactory ensheathing cells promote

24

[243]

[244]

[245]

[246]

[247]

[248]

[249]

[250]

[251]

[252]

[253]

Stem Cells International
partial recovery after complete transection of the spinal cord,”
Neurobiology of Disease, vol. 21, no. 1, pp. 57–68, 2006.
L. Zhu, Z. Cui, G. Xu et al., “Experimental research on the compatibility of self-assembly nanofiber hydrogel from the amphipathic peptide containing IKVAV with olfactory ensheathing
cells of rats,” Sheng Wu Yi Xue Gong Cheng Xue Za Zhi, vol.
28, no. 4, pp. 774–779, 2011.
R. T. H. Chan, R. A. Russell, H. Marçal, T. H. Lee, P. J. Holden,
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Previous studies have demonstrated the immunosuppressive effects of both all-trans retinoic acid (ATRA) and mesenchymal stem
cells (MSCs). The present study aimed to assess the immunoregulatory effects of ATRA on MSCs in the treatment of ankylosing
spondylitis (AS). Bone marrow-derived MSCs from healthy donors were pretreated with ATRA and cocultured with CD3/28activated peripheral blood mononuclear cells (PBMCs) derived from AS patients. Frequencies of Th17 and regulatory T (Treg)
cells were analyzed using flow cytometry. The secretion and the mRNA level of key cytokines were measured with cytometric bead
array and quantitative real-time PCR, respectively. ATRA pretreatment increased interleukin-6 (IL-6) secretion of MSCs. Th17 and
Treg subset populations were increased and reduced by ATRA-pretreated MSCs, respectively. ATRA-pretreated MSCs significantly
decreased not only the vital pathogenic cytokine in AS, tumor necrosis factor-𝛼 (TNF-𝛼), but also AS-boosting factors interleukin17 (IL-17A) and interferon-𝛾 (IFN-𝛾). These results indicated that IL-6 may be a potential protective factor in AS and highlighted
the promising role of ATRA in improving the efficacy of MSC-based treatment of AS.

1. Introduction
Ankylosing spondylitis (AS) is a chronic, progressive inflammatory disease affecting primarily the axial skeleton. AS is
considered as an autoimmune disease and interleukin-17A
(IL-17A-) producing Th17 cells are involved in AS pathogenesis [1, 2].
For the first time, we have reported that allogenic intravenous infusion of bone marrow-derived mesenchymal stem
cells was an effective and safe method for the treatment of AS,
especially cases for which etanercept and NSAIDs are ineffective [3]. However, the underlying mechanisms remain largely
unknown. Mesenchymal stem cells (MSCs) are multipotent
progenitor cells, which exhibited immunomodulatory capacity [4] and low immunogenicity [5]. MSCs have been successfully used in the treatment of a number of autoimmune/
inflammatory diseases such as Crohn’s disease [6] and systemic lupus erythematosus [7] on the base of their immunosuppressive ability. The mechanisms of immunomodulation

are quite complicated and still not completely clear. Some
studies demonstrated that cell-cell contact is involved in
the immunosuppressive action, such as inhibition of Th17
differentiation and IL-17 secretion [8, 9]. MSCs can also
attract effector T cells through secreting chemokines to facilitate direct immunomodulation [10] or trigger FAS/FASLinduced apoptosis [11]. Parallel to this, MSC secretome is also
reported contributing to cell-contact independent effects.
The most studied soluble molecules derived from MSCs
include indoleamine 2,3-dioxygenase (IDO), prostaglandin
E2 (PGE2), transforming growth factor-beta (TGF-𝛽), nitric
oxide (NO), and hepatocyte growth factor (HGF) [10, 12].
All-trans retinoic acid (ATRA), a representative metabolite of retinol, is involved in a number of biological activities of
retinol. ATRA plays a key role in cell proliferation, differentiation, and maturation [13]. In addition, ATRA has been shown
to regulate innate immunity through inducing regulatory T
cells (Tregs) and suppressing Th17 differentiation [14]. Several
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studies have documented the efficacy of ATRA in the treatment of autoimmune diseases [15–17]. The retinol level in AS
patients was significantly lower than that in healthy controls
[18]. It has also been observed that ATRA administration
reduced the frequency of Th17 and inhibited the secretion of
TNF-𝛼 in peripheral blood of AS patients [19].
Taken together, we hypothesize that ATRA is effective for
the treatment of AS through regulating the immunomodulatory capacity of MSCs. In the present study, we cocultured
MSCs and peripheral blood mononuclear cells (PBMCs)
and examined the frequencies of Treg and Th17 subsets and
the secretion of key cytokines. We defined the pathogenic
Th17 cells with a combination of the surface markers of
CD4, CCR4, and CCR6 [20]. To the best of our knowledge,
this is the first study showing that ATRA improved the
immunomodulatory ability of MSCs for the treatment of AS.

2. Materials and Methods
2.1. Isolation of MSCs and PBMCs. This study was approved
by the Ethics Committee of Sun Yat-sen University,
Guangzhou, China. Healthy volunteers (𝑛 = 20, 15 males, 5
females, age, 18–28 years) were recruited as donors of bone
marrow. Bone marrow was extracted from the posterior
superior iliac spine under a sterile condition and MSCs were
isolated according to standardized procedures [21]. MSCs of
the fourth passage were used in experiments. PBMCs were
isolated from the peripheral blood of AS patients (𝑛 = 24,
18 males, 6 females, age, 16–40 years) using Ficoll-Hypaque
gradient centrifugation. Patients were selected according
to modified New York criteria [22]. Informed consent was
obtained from all donors and patients.
2.2. Trilineage Differentiation Potential Assays of MSCs
Osteogenic Differentiation. MSCs were seeded into six-well
plates (1 × 105 cells/well) in a total volume of 3 mL DMEM
medium supplemented with 10% fetal bovine serum (FBS),
50 mg/L ascorbic acid (Sigma), 10 mM 𝛽-glycerophosphate
(Sigma), and 100 nM dexamethasone (Sigma). The medium
was replaced every three days. Total culture duration was 21
days. Alizarin red staining was used.
Chondrogenic Differentiation. MSCs (2.5 × 105 cells) were
centrifuged at 600 g for 5 minutes in a 15 mL conical tube.
Cells were cultured with high-glucose DMEM supplemented with 1% ITS-Premix (Corning), 50 mg/L ascorbic acid
(Sigma), 1 mM sodium pyruvate (Sigma), 100 nM dexamethasone (Sigma), and 10 ng/mL transforming growth factor-𝛽3
(R&D). The medium was replaced every three days. Total
culture duration was 21 days.
Adipogenic Differentiation. MSCs were seeded into six-well
plates (1 × 105 cells/well). DMEM medium was supplemented
with 10% FBS, 1 𝜇M dexamethasone (Sigma), 10 𝜇g/mL insulin (Sigma), 0.5 mM 3-isobutyl-1-methylxanthine (Sigma),
and 0.2 mM indomethacin (Sigma). After 3 days’ induction,
the medium was replaced with DMEM containing 10 𝜇g/mL
insulin, and 1 day later, the medium was replaced with
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the inducing medium mentioned above. After three cycles
of such culture, cells were coated with DMEM containing
10 𝜇g/mL insulin until 14th day. Oil red O staining was used
after paraformaldehyde fixation.
2.3. ATRA Preparation and MSCs Pretreatment. ATRA powder (Sigma) was dissolved in dimethyl sulfoxide (DMSO) and
stocked according to the manufacturer’s instructions. ATRA
solution was prepared with DMEM medium supplemented
with 10% FBS. MSCs were seeded into six-well plates (1 ×
105 cells/well) in a total volume of 3 mL DMEM medium,
pretreated by 1 𝜇M ATRA for 1 day, 3 days, and 5 days according to different experiments. The MSCs cocultured with
PBMCs were only pretreated for 1 day. After pretreatment,
the medium containing ATRA was completely removed and
MSCs were washed with phosphate buffer saline (PBS) for
three times. Cells were then cultured in ATRA-free medium.
MSCs of the control group were pretreated with DMSO of
equal volume to ATRA.
2.4. Cell Culture. MSCs were cocultured with PBMCs at a
ratio of 1 : 20 of MSC : PBMC. T cells were stimulated by
purified anti-CD3 (0.2 𝜇g/mL, BD Pharmingen) and antiCD28 (1 𝜇g/mL, BD Pharmingen) antibodies. Cells were
cocultured in RPMI-1640 medium of an ultimate volume of
3 mL for 5 days. The cell ratio and the coculture duration
were determined according to preliminary experiments. For
CD4+ T cell proliferation analysis, PBMCs were incubated
with 5 𝜇M carboxyfluorescein diacetatesuccinimidyl ester
(CFSE, Life Technologies) for 15 minutes and washed with
PBS containing 10% FBS three times before coculture. To
evaluate the effects of proinflammatory cytokines on IL-6
secretion of MSCs, exogenous interferon-𝛾 (IFN-𝛾, PeproTech) (10 ng/mL) and TNF-𝛼 (10 ng/mL, R&D) were added
into the culture medium of pretreated MSCs which were
cultured for the following 5 days. For cytokine measurement,
a noncontact coculture was also conducted using a six-well
and 0.4 𝜇m pore Transwell plate system (Corning) in which
PBMCs were seeded in the upper chamber.
2.5. Flow Cytometry. MSCs were trypsinized for identification of a number of surface markers. The antibodies for
surface markers were anti-CD29-PE, anti-CD34-APC, antiCD44-FITC, anti-CD45-FITC, anti-CD90-PE, anti-CD105FITC, and anti-HLA-DR-PE (all from BD Pharmingen).
PBMCs were harvested through centrifugation at the end
of coculture. For proliferation analysis of CD4+ T cells,
CFSE-incubated PBMCs were marked with anti-CD4-PE
(BD Pharmingen), cells left-shifting into the square gate
were recognized as the proliferating cells, and the cell count
percentage within this gate represented the proliferation rate.
For Th17 analysis, anti-CD4-FITC, anti-CCR4-PerCP-Cy5.5,
and anti-CCR6-APC (all from BD Pharmingen) were used.
The human regulatory T cell staining kit (eBioscience) containing anti-CD4-FITC/CD25-APC cocktail and anti-Foxp3PE was used in Treg analysis according to the manufacturer’s
instruction. Cells were measured in a flow cytometry system
(BD FACSVerse).

Stem Cells International
2.6. Cytometric Bead Array (CBA). Culture supernatant
was collected for cytokine measurement using a CBA kit
(Human Th1/Th2/Th17 Kit, BD Pharmingen) according to
the manufacturer’s instruction. Cytokine concentrations were
presented as PE fluorescence intensities relative to a standard
curve.
2.7. Quantitative Real-Time PCR (qPCR). Total RNA was
extracted using the TRIzol reagent (Life Technologies).
Synthesis of cDNA was performed using a PrimeScript RT
reagent kit (Takara) according to manufacturer’s instructions.
The qPCR was performed on a LightCycler 480 Real-Time
PCR System (Roche) using SYBR Premix Ex Taq (Takara).
The PCR program was 30 s at 95∘ C, 40 cycles of 5 s at 95∘ C,
and 20 s at 60∘ C. Relative expression changes in mRNA levels
of genes were assessed using 2(−ΔΔct) method and normalized
to the housekeeping gene GAPDH. The sequences of primers
used in the qPCR assay were as follows: IL-6: 5 -CCTGAACCTTCCAAAGATGGC-3 (forward), 5 -TTCACCAGGCAAGTCTCCTCA-3 (reverse); IL-17A: 5 -TCCCACGAAATCCAGGATGC-3 (forward), 5 -GGATGTTCAGGTTGACCATCAC-3 (reverse); TNF-𝛼: 5 -CCTCTCTCTAATCAGCCCTCTG-3 (forward), 5 -GAGGACCTGGGAGTAGATGAG-3 (reverse); IFN-𝛾: 5 -TCGGTAACTGACTTGAATGTCCA-3 (forward), 5 -TCGCTTCCCTGTTTTAGCTGC3 (reverse); GAPDH: 5 -GGAGCGAGATCCCTCCAAAAT3 (forward), 5 -GGCTGTTGTCATACTTCTCATGG-3 (reverse).
2.8. Statistical Analyses. Data were presented as mean ± SD.
One-way ANOVA or 𝑡-test was used according to the type of
data. Statistical analyses were conducted using SPSS software
(SPSS Inc.). A 𝑃 value less than 0.05 was considered to be
significantly different.

3. Results
3.1. Phenotypic Characterization and Trilineage Differentiation of MSCs. Flow cytometric analysis was used to identify
phenotypic surface markers of MSCs. All MSCs from different donors were positive of CD29, CD44, CD90, and CD105
but negative of CD34, CD45, and HLA-DR, confirming the
typical MSC phenotypes (Figure 1(a)). Osteogenic, chondrogenic, and adipogenic differentiations were successfully
induced (Figure 1(b)).
3.2. MSCs Inhibited the Proliferation of CD4+ T Cells and
ATRA Reduced This Inhibitory Ability. The proliferation of
CD4+ T cells was measured according to fluorescence intensities. The 0 day PBMCs (noncocultured, not activated by
CD3/28) group was defined as the nonproliferation control.
When stimulated by CD3/28, the proliferation rate of CD4+ T
cells was extremely high (83.7 ± 6.7%), suggesting an efficient
proliferation. When cocultured with MSCs, the proliferation
of CD3/28-stimulated CD4+ T cells was inhibited (𝑃 <
0.001), but a slightly higher proliferation rate was observed
in ATRA-pretreated group (58.8 ± 6.2%) than that in DMSOpretreated group (52.4 ± 5.5%) (𝑃 < 0.05). Thus, the
ability inhibiting the proliferation of CD4+ T cells of ATRApretreated MSCs was lower than control (Figure 2).
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3.3. ATRA-Pretreated MSCs Reduced the Treg but Increased the
Th17 Subpopulation. The percentage of CD3/28-stimulated
Th17 subset (Th17/lymphocyte) was increased from 4.9±1.8%
to 8.2 ± 2.7% (𝑃 < 0.05) by ATRA-pretreated MSCs. ATRA
pretreatment led to an expansion of Th17 subset (Figures
3(a) and 3(c)), but the control DMSO pretreatment did not
cause a Th17 expansion compared with the noncocultured
group. The percentage of CD3/28-stimulated Treg subset
(Treg/lymphocyte) was decreased from 13.7 ± 2.1% to 2.5 ±
0.9% (𝑃 < 0.001) and 3.6 ± 1.0% (𝑃 < 0.001) by ATRApretreated MSCs and DMSO-pretreated MSCs, respectively.
Thus, MSCs caused a significant decrease in the Treg subpopulation, and ATRA pretreatment further reduced the Treg
subset (𝑃 < 0.05) (Figures 3(b) and 3(d)).
3.4. The Secretion and mRNA Level of Interleukin-6 (IL6) Was Increased by ATRA Pretreatment. We found MSCs
constitutively secreted only IL-6 but none of other cytokines
within the spectrum of CBA kit, and the secretion of IL-6 was
increased by ATRA pretreatment in an approximately timedependent manner, which was not seen in DMSO-pretreated
groups (Figure 4(a)). In the coculture of MSCs and PBMCs,
the IL-6 level in the supernatant was significantly increased by
over 150-fold at average compared with the IL-6 level in MSCs
or PBMCs cultured alone and was even higher in ATRApretreated cultures than relative DMSO-pretreated control
groups (𝑃 < 0.05) (Figure 4(b)). These findings were found in
both contact and noncontact cocultures. The mRNA level of
IL-6 was not significantly changed in PBMCs, but it increased
dramatically in MSCs, suggesting that IL-6 induced in the
coculture of MSCs and PBMCs was mainly secreted by MSCs
rather than PBMCs (Figure 4(c)).
3.5. TNF-𝛼 and IFN-𝛾 Increased IL-6 Production by MSCs.
Exogenous TNF-𝛼 and IFN-𝛾 added into the culture medium
of pretreated MSCs significantly and synergistically enhanced
the IL-6 secretion of MSCs. TNF-𝛼 was more efficient than
IFN-𝛾 in upregulating IL-6 production with an equal dose
(𝑃 < 0.001). Just like the results presented earlier, ATRApretreated MSCs produced higher level of IL-6 than MSCs
without ATRA stimulation (Figure 4(d)).
3.6. Changes of Cytokines of IL-17A, IFN-𝛾, and TNF-𝛼
by ATRA Pretreatment. MSCs increased IL-17A production,
which was lower in the ATRA-pretreated group (161.2 ±
26.0 pg/mL) compared with the DMSO-pretreated group
(191.0 ± 27.3 pg/mL) (𝑃 < 0.01) (Figure 5(a)). IFN-𝛾 was
increased from 6420.2±374.0 pg/mL to 9844.9±1553.0 pg/mL
(𝑃 < 0.001) by DMSO-pretreated MSCs but decreased to
4920.2 ± 977.8 pg/mL (𝑃 < 0.05) by ATRA-pretreated MSCs
(Figure 5(b)). The TNF-𝛼 level was significantly reduced from
118.5 ± 17.8 pg/mL to 8.3 ± 1.8 pg/mL (𝑃 < 0.001) and
16.8 ± 4.1 pg/mL (𝑃 < 0.001) by ATRA-pretreated MSCs and
DMSO-pretreated MSCs, respectively (Figure 5(c)). These
findings were found in both contact and noncontact cocultures.
3.7. Gene Transcription of IL-17A, IFN-𝛾, and TNF-𝛼. The
variations of the mRNA levels of IL-17A, IFN-𝛾, and
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Figure 1: Identification of MSCs. (a) Phenotypic characterization based on a number of surface markers. MSCs were positive for CD29, CD44,
CD90, and CD105, but negative for HLA-DR, CD34, and CD45. Red line: background fluorescence of isotype controls. Blue line: fluorescence
intensity from selected markers. 𝑋-axis: fluorescence intensity. 𝑌-axis: cell count. (b) Trilineage differentiation.

TNF-𝛼 from PBMCs were also measured. MSCs significantly
increased IL-17A gene transcription, especially in ATRA pretreatment group (𝑃 < 0.001) (Figure 5(d)). MSCs increased
the mRNA level of IFN-𝛾, which was lower in the ATRApretreated group compared with the DMSO-pretreated group
(𝑃 < 0.01) (Figure 5(e)). MSCs unexpectedly increased the
gene transcription of TNF-𝛼 even in ATRA pretreatment
group (𝑃 < 0.001) (Figure 5(f)). These findings were found
in both contact and noncontact cocultures.

4. Discussion
CD4+ T cells are also known as helper T cells. Our results
showed that MSCs inhibited CD4+ T cell proliferation, and

the inhibitory ability of ATRA-pretreated MSCs was slightly
weaker than that of controlled DMSO-pretreated MSCs.
Therefore, ATRA could probably affect the immune nature of
MSCs by regulating the proportions of T helper effector cells.
We initially expected an increase of Treg subset and
a decrease of Th17 subset populations after MSCs were
cocultured with PBMCs. However, we observed opposite
results. Briefly, MSCs caused a decline of Treg subset and a
slight increase of Th17 subset populations. Similar findings
have been reported by Guo et al. [23]. Interestingly, ATRA
pretreatment further augmented these unexpected changes.
We noted that ATRA pretreatment increased the secretion
of IL-6 by MSCs and the level of IL-6 correlated with Th17
subpopulation. It has been confirmed that IL-6 inhibited

5

SSC

SSC

Stem Cells International

31.7%

45.9%
CD4-PE

FSC

PBMC + CD3/28

PBMC
93.9%

#
100

CFSE

CFSE

ATRA-MSC + PBMC +
CD3/28

DMSO-MSC + PBMC +
CD3/28
53.4%

SSC

SSC

56.1%

CFSE

CFSE
(a)

Proliferation rate of CD4+ T cells (%)

SSC

SSC

0.271%

80

#

∗

60
40
20
0
ATRA-MSC + PBMC + CD3/28
DMSO-MSC + PBMC + CD3/28
PBMC + CD3/28

(b)

Figure 2: The proliferation rate of CD4+ T lymphocytes incubated with CFSE. (a) Nonactivated T cells were used as controls. (b) When
stimulated by CD3/28, the proliferation rate of CD4+ T cells was extremely high (83.7 ± 6.7%). When cocultured with MSCs, the proliferation
of CD3/28-stimulated CD4+ T cells was inhibited, but a slightly higher proliferation rate was observed in ATRA-pretreated MSCs (58.8±6.2%)
than that in DMSO-pretreated MSCs (52.4 ± 5.5%). One-way ANOVA was used. ∗ 𝑃 < 0.05 and # 𝑃 < 0.001.

the generation of Tregs induced by TGF-𝛽 and caused T 0
skews for Th17 [24]. Therefore, the Th17-skewing triggered by
coculture was probably regulated by increased production of
IL-6.
IL-6 has long been recognized as a proinflammatory
cytokine and a therapeutic target, because IL-6, together
with TNF-𝛼 and IL-1, was upregulated in most inflammatory
conditions [25]. Some studies suggested that blocking IL-6
was an efficient way for the treatment of AS [26, 27]. However, the most recent randomized, placebo-controlled trials
demonstrated that blocking IL-6 with antibodies against IL-6
receptor-𝛼 was not effective for the treatment of AS [28, 29].
Furthermore, no axial improvements were observed in AS
patients treated with tocilizumab, an antibody against IL-6
receptor, in a multiple center study [30]. Currently, no IL-6
blocker is approved for the treatment of AS. The level of IL6 produced by MSCs was increased by over 150-fold when
MSCs were cocultured with activated PBMCs according to
our results and we demonstrated the upregulation of IL-6 was
cell-contact independent. Therefore, we intended to figure

out the factors responsible. We chose TNF-𝛼 and IFN-𝛾 for
investigation. Firstly, both TNF-𝛼 and IFN-𝛾 were classical
proinflammatory cytokines and were elevated in various
inflammatory statuses [31]. Secondly, cell-free macrophage
conditioned medium significantly increased the secretion of
IL-6 of MSCs [32], while TNF-𝛼 was the primary production
of macrophage. Thirdly, IFN-𝛾 was confirmed to be the
boost signal for MSC licensing related to immunomodulation
of MSCs [33]. Our data showed that TNF-𝛼 and IFN-𝛾
significantly and synergistically enhanced IL-6 secretion of
MSCs, suggesting that the upregulation of IL-6 depends
probably on environmental mediators and may be associated
with the immunomodulation of MSCs. These observations
raised a question on whether IL-6 is a proinflammatory or an
anti-inflammatory cytokine in AS. The increased production
of IL-6 by MSCs would have aggravated the damage, if IL-6
was proinflammatory in AS. But according to our previous
study, MSC infusion was safe and effective for the treatment
of AS [3]. In addition, ATRA pretreatment caused a subsequent decline of TNF-𝛼, IL-17A, and IFN-𝛾, the recognized
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pathogenic cytokines in AS. Taken together, we speculate that
IL-6 secreted by MSCs is a reactive rather than an initiative
cytokine responding to inflammatory environment, and IL-6
may be a protective agent rather than a pathogenic factor in
the pathogenesis of AS. In fact, some studies did indicate that
IL-6 displayed anti-inflammatory nature [34–36].
Higher frequency of peripheral Th17 and IL-17A has
been detected in AS patients compared to healthy controls
[1, 2]. In the present study, we found that IL-17A production
was increased by MSCs. Our results also revealed a positive
association between the mRNA level of IL-17A and the Th17
subpopulation. However, we observed a reduction in IL-17A
secretion in the ATRA-pretreated group compared with the
DMSO-pretreated control group. This inconsistency suggests
that ATRA pretreatment of MSCs caused the expansion of

Th17 subpopulation but inhibited the secretion activities of
Th17 cells. A recent multiple center clinical trial demonstrated
that anti-IL-17A monoclonal antibody secukinumab was
effective for the treatment of AS [37]. Therefore, we speculate
that the frequency of Th17 cells is not significantly related to
the severity of AS, but the biological function of Th17 cells
plays a more important role. Our results suggest that ATRA
pretreatment may improve the efficacy of MSC infusion for
the treatment of AS by inhibiting the secretion of IL-17A from
Th17 cells.
Kezic et al. [38] demonstrated that IFN-𝛾 worsened
both peripheral joint and axial diseases in murine models.
Abe et al. [39] found in a mouse model that upregulated
IFN-𝛾 was associated with ankylosing enthesitis. Zhao et
al. [40] demonstrated that IFN-𝛾 significantly activated
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the promoter of the HLA-B27 gene. IFN-𝛾 is also an activator
or a polarizing factor of classically activated macrophage
(M1), the main source of TNF-𝛼 [41]. Thus IFN-𝛾 is involved
in the pathogenesis of AS and associated with the severity
of AS. In the present study, while IFN-𝛾 secreted by PBMCs
was increased by DMSO-pretreated MSCs, IFN-𝛾 secretion
was suppressed by ATRA-pretreated MSCs at both mRNA
and protein levels. Therefore, ATRA pretreatment may be able
to improve the therapeutic effects of MSC infusion for the
treatment of AS through downregulating IFN-𝛾 production.
TNF-𝛼 blockade is widely used for the treatment of
AS. In the present study, we observed that TNF-𝛼 secretion was significantly inhibited by MSCs although no such
changes were found in gene transcriptions. Interestingly,
ATRA pretreatment further enhanced the inhibition of TNF𝛼 secretion. These results suggested MSCs, especially ATRApretreated MSCs, were efficient TNF-𝛼 inhibitors. The TNF𝛼 inhibitor role of MSCs may be the major mechanism
underlying the therapeutic effects of MSCs for the treatment
of AS. Therefore, ATRA could be used to further improve the
MSC infusion therapy for AS.
In summary, our data show that (1) ATRA pretreatment
affects the immunomodulatory function of MSCs by influencing the proliferation of CD4+ T cells; (2) ATRA pretreatment on MSCs results in a reduction of AS-related pathogenic
cytokines IL-17A, IFN-𝛾, and TNF-𝛼; (3) a significant reduction of TNF-𝛼 may be the main mechanism underlying the
therapeutic effects of MSC infusion in AS patients and ATRA
pretreatment may further improve the efficacy; (4) IL-6 is
upregulated by ATRA and environmental proinflammatory
mediators, and it may act as an anti-inflammatory cytokine
in AS though it leads to an expansion of Th17 subpopulation.
Our findings may improve the therapeutic effects of MSC
infusion for the treatment of AS. But further in vivo studies
are needed to confirm these statements.
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Human mesenchymal stem cells (hMSCs) have shown great potential for therapeutic purposes. However, the low frequencies of
hMSCs in the body and difficulties in expanding their numbers in vitro have limited their clinical use. In order to develop an
alternative strategy for the expansion of hMSCs in vitro, we coated tissue culture polystyrene with keratins extracted from human
hair and studied the behavior of cells from 2 donors on these surfaces. The coating resulted in a homogeneous distribution of
nanosized keratin globules possessing significant hydrophilicity. Results from cell attachment assays demonstrated that keratincoated surfaces were able to moderate donor-to-donor variability when compared with noncoated tissue culture polystyrene.
STRO-1 expression was either sustained or enhanced on hMSCs cultured on keratin-coated surfaces. This translated into significant
increases in the colony-forming efficiencies of both hMSC populations, when the cells were serially passaged. Human hair keratins
are abundant and might constitute a feasible replacement for other biomaterials that are of animal origin. In addition, our results
suggest that hair keratins may be effective in moderating the microenvironment sufficiently to enrich hMSCs with high colonyforming efficiency ex vivo, for clinical applications.

1. Introduction
Multipotent, self-renewing human mesenchymal stem cells
(hMSCs) are promising tools for tissue engineering and
regenerative medicine because of their capability to differentiate into numerous tissue lineages, including bone, cartilage,
fat, and fibrous connective tissue [1]. They have been obtained
from multiple mature tissues, including bone marrow, umbilical cord, and adipose tissue [2], and raise fewer ethical issues
than embryonic stem cells. Despite such promise, there are
few hMSC clinical applications that have obtained regulatory
approval. Obstacles for their widespread use include limited
numbers of autologous hMSCs that can be harvested from
any given tissue and the loss of multipotency during in
vitro expansion [3, 4]. There is thus a pressing need for

strategies that enable the expansion of hMSC numbers in vitro
without compromising their self-renewal and differentiation
capabilities.
Significant efforts have been put into developing substrates that support greater levels of hMSC attachment,
proliferation, and maintenance of multipotency. Materials
such as poly-L-lysine, fibronectin, laminin, and collagen
can, when coated onto culture surfaces, all support effective
maintenance of hMSCs in vitro [5–7]. Of these, fibronectin
coating is one of the most widely used. The glycoprotein
fibronectin is a major component of many extracellular
matrices, within which it is responsible for supporting cell
adhesion. It contains binding sequences for both proteoglycans and the integrins 𝛼5 𝛽1 , 𝛼IIb 𝛽3 , 𝛼IIb 𝛽1 , 𝛼IIb 𝛽3 , and 𝛼4 𝛽1 [8].
Laminin, an abundant glycoprotein within basal laminae, has
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many bioactivities and has been shown to enrich osteoblast
progenitors in fetal rat calvaria cells in vitro [9, 10]. Collagen
I-coated surfaces have been demonstrated to increase MSC
proliferation [11].
Similarly to fibronectin, human hair keratins contain
the LDV (Leu-Asp-Val) cell adhesion motif recognized by
integrin 𝛼4 𝛽1 [12, 13]. Keratins belong to the family of
intermediate filament proteins found in wool, nails, hooves,
horns, feathers, and human hair [14]. Although they are
thought to serve mainly structural purposes, they are now
known to be implicated in mechanotransduction pathways
and their mutations are the cause of several epithelial diseases
in humans [15]. They possess distinct advantages as biomaterials, including abundance, biodegradability, intrinsic
bioactivity, and the fact that they are a viable source of
autologous human material that can be harvested [16]. In
recent years, there has been an increasing interest in the application of human hair keratins for such biomedical purposes
as wound dressing, tissue engineering, and drug delivery.
Although keratins have been fabricated into a variety of
formats, including hydrogels, fibers, and films [14, 17, 18], little
has been reported about their potential as a surface coating
to enhance cellular behavior. We have previously shown
that keratin-coated surfaces encourage mouse fibroblasts to
express greater amounts of fibronectin on tissue culture
polystyrene, suggesting that they could act as extracellular
stimuli to evoke specific cell responses [19]. Here we evaluated
the influence of keratin-coated surfaces on hMSC function.
Our results indicate that keratins can indeed modulate hMSC
activity and deserve further optimization to develop their
capabilities.

2. Materials and Methods
2.1. Extraction of Human Hair Keratin. Discarded human
hair was obtained from local salons in Singapore, mixed,
washed extensively with detergent, and further rinsed with
ethanol before air-drying at room temperature. The dried
hair was then delipidized by soaking in a mixture of chloroform and methanol (2 : 1, v/v) for 24 h. Subsequent keratin
extraction was done by mixing the hair into 0.125 M of
sodium sulfide (Na2 S; Sigma-Aldrich) in deionized water and
incubating the mixture for 4 h at 40∘ C. The resulting mixture
was then filtered and dialyzed against 5 L of deionized water
in cellulose tubing (MWCO: 12400; Sigma-Aldrich). Protein
concentration of the extract was measured with the 660 nm
protein assay (Thermo Scientific, USA) according to the
manufacturer’s instructions.
2.2. Sodium Dodecyl Sulfate Polyacrylamide Gel Electrophoresis (SDS-PAGE) and Coomassie Blue Staining. To determine
sample quality by SDS-PAGE, 20 𝜇g of the extracted keratin
samples was mixed with 5 𝜇L of lithium dodecyl sulfate (LDS)
sample buffer (Invitrogen, USA) and 2 𝜇L of sample reducing
agent (DTT, 10X) (Invitrogen, USA) and topped up to a
total volume of 20 𝜇L with deionized water. Each sample
was denatured by heating at 75∘ C for 10 min before loading
into precast NuPAGE 4–12% Bis-Tris Gels (Invitrogen, USA).
Electrophoresis was carried out at a constant voltage of 120 V
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for 90 min in 0.05% NuPAGE morpholinepropanesulfonic
acid (MOPS) SDS running buffer (Invitrogen, USA). Subsequently, separated proteins in the gel were stained with SimplyBlue Coomassie SafeStain (Invitrogen, USA) for 60 min
and destained in deionized water on a shaker overnight. Prior
to visualization, the gel was dried with DryEase Mini-Gel
Drying System (Invitrogen, USA).
2.3. Keratin Coating. Nunclon Δ surface tissue culture
polystyrene (TCPS) dishes (100 mm; Thermo Scientific, USA)
and 24-well Nunclon Δ surface TCPS plates (Thermo Scientific, USA) were coated with 80 𝜇g/mL (4 mL and 138 𝜇L,
resp.) of keratin solution overnight at 4∘ C. Following coating,
the surfaces were washed once with phosphate buffered saline
(PBS) and left to stand for 15 min at room temperature.
Uncoated dishes and wells were used as negative controls.
2.4. Water Contact Angle Measurement. Static water contact
angle was measured at room temperature, for both keratincoated and uncoated (control) surfaces, using the FTA32
Contact Angle and Surface Tension Analyzer (Analytical
Technologies, Singapore). A total of twelve measurements for
each surface were recorded.
2.5. Atomic Force Microscopy (AFM). Surface topography was
recorded using single-beam silicon cantilever probes (Veeco
RTESP: resonance frequency 300 KHz, nominal tip radius
of curvature 10 nm, and force constant 40 N/m) in tapping
mode, on the Nanoscope IIIa (Veeco Instruments, USA)
atomic force microscope.
Mean surface roughness values (𝑅𝑎 ) of four random fields
per sample, from 3 independent experiments, were calculated
using Nanoscope 6.13R1 software (Digital Instruments, USA).
Where necessary, data sets were subjected to first-order
flattening before recording 𝑅𝑎 values.
2.6. Human Mesenchymal Stem Cell (hMSC) Culture. Human
MSCs were isolated, as described previously [20] from
human bone marrow mononuclear cells (BMMNCs; Lonza,
USA) from two young male donors of age range 20–23,
referred herein as Donors A and B. Human MSCs isolated
were characterized [21] before use. The cells were maintained in hMSC maintenance media, which is made up of
low glucose (1000 mg/L) Dulbecco’s Modified Eagle Media
(DMEM; Biopolis Shared Facilities, A*STAR, Singapore),
10% fetal calf serum (FCS) (Hyclone, USA), 100 units/mL
penicillin-streptomycin (Gibco, Invitrogen, USA), and 2 mM
L-glutamine (Gibco, Invitrogen, USA), at 37∘ C and 5% CO2 .
Cells were seeded at 3,000/cm2 at every passage and cultured
over 2 or 3 passages on keratin-coated and uncoated dishes
until they reached subconfluency, before being subjected
to attachment, proliferation, and marker expression assessments.
2.7. Cell Attachment Assay. Cells were seeded at 3,000 per
cm2 on plates coated with or without 80 𝜇g/mL keratin and
allowed to adhere for 2 or 6 h. Thereafter the unattached
cells were removed by PBS and the remaining attached cells
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were lifted using 0.125% trypsin-ethylenediaminetetraacetic
acid (EDTA) and counted using the GUAVA ViaCount FLEX
reagent and ViaCount Assay Software on the Guava easyCyte
8HT Benchtop Flow Cytometer (Merck Millipore, USA), as
indicated in the supplier’s instructions.
2.8. Cell Proliferation Assay. Serially passaged human MSCs
(passages 5 to 7) were removed from the wells using 0.125%
trypsin-EDTA upon subconfluency. Cell viability and numbers were then determined by the GUAVA ViaCount system
as described above.
2.9. Flow Cytometry. To determine hMSC phenotype, CD49a
and STRO-1 levels were evaluated by flow cytometry. Human
MSCs at passage 5 or 7 were removed from the dishes
using TrpLE Select (Gibco, Invitrogen, USA) and neutralized
with hMSC maintenance media. Subsequently, they were
washed and resuspended in the respective primary antibody
diluted in staining buffer, which consists of 2% FCS and
0.01% (w/v) sodium azide (Sigma-Aldrich, USA) in PBS.
Phycoerythrin- (PE-) conjugated mouse anti-human CD49a
primary antibody (BD Biosciences, USA) was diluted in the
staining buffer at 1 : 50 and incubated with the hMSCs for
60 min at 4∘ C in the dark. Cells were then washed twice before
being resuspended in staining buffer and analyzed with a
BD FACSArray Bioanalyzer. The STRO-1 primary antibody
was kindly provided by Professor Stan Gronthos, School of
Medical Sciences, Faculty of Health Sciences, University of
Adelaide, Australia, as hybridoma supernatant and incubated
directly without dilution on the hMSCs for 45 min at room
temperature. Cells were then probed with PE-conjugated goat
anti-mouse IgM (Invitrogen, USA) for 45 min at 4∘ C in the
dark, before being washed and analyzed as described above.
Data obtained was analyzed with FlowJo Software version
7.6.5 (Tree Star, Inc., USA), at 2% gating of the respective isotype controls. The relevant isotypes of the primary antibodies
were used as negative controls. Experiments were performed
in triplicates and results represented as the mean percentage
of cells positive for the surface markers analyzed.
2.10. Colony-Forming Unit Fibroblast (CFU-F) Assay. For the
CFU-F assay, 150 hMSCs at passage 5 or 7 were seeded
per 100 mm dish and maintained over a growth period of
14 days. Media were changed on the 7th day and every 2
days thereafter. Cell culture was terminated on the 14th day
and colonies were stained using 0.5% (w/v) crystal violet
(Sigma-Aldrich, USA) in 100% methanol (Merck, USA) and
sequentially rinsed with PBS and deionized water. Colonies
on each dish were counted by two different individuals
blinded to the sample identities. Only colonies that were not
in contact with neighboring colonies and comprised of more
than 50 cells or with a diameter of ≥2 mm were taken into
account.
2.11. Statistical Analysis. All quantitative values were
expressed as means ± standard deviation, with 𝑛 = 3 or 6,
depending on the experiments. Statistical analyses were
performed using Student’s 𝑡-test or one-way ANOVA, with
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Figure 1: SDS-PAGE analysis of proteins extracted from hair.
Lane 1: protein ladder; Lane 2: representative coomassie bluestained sample of hair-extracted proteins, where the presence of two
dominant fractions of keratins is evident.

the aid of GraphPad Prism version 6 (GraphPad Software,
USA). 𝑃 values less than 0.05 indicate significant differences.

3. Results and Discussion
The limited availability of hMSCs remains a significant
stumbling block on the path to realizing their full clinical
potential. The use of advanced cell culture strategies, in
combination with the new generation of biomaterials, is
clearly the way forward so that adequate stem cell numbers
can be obtained in the shortest time possible [4, 22]. Although
coating surfaces with animal-derived ECM proteins has a
long provenance in the literature, such approaches will hinder
their eventual translation due to regulatory restrictions. Thus
we sought here to examine a novel approach, that of coating
TCPS using keratins derived from human hair.
3.1. Fabrication and Characterization of Keratin-Coated
Tissue Culture Polystyrene. The keratin extraction protocol
exploited here yielded a solution concentration of ∼20 mg/
mL. Consistent with previous work, coomassie blue-stained
SDS-PAGE gels revealed the presence of two distinct fractions
within the extracted samples (Figure 1). Using Western
Blotting, we have previously demonstrated that the two bands
between 39 and 45 kDa are type I (acidic) keratins, while the
single band at 50–55 kDa is type II (basic) keratin [17, 23].
The surface topography of the uncoated and keratincoated TCPS was studied using AFM. As shown in
Figure 2(a), the uncoated TCPS surface exhibited a series
of randomly oriented line features which were artefacts on
the original culture plate material. These were also observed
in the background of the keratin-coated surfaces. However,
in addition to these, the keratin-coated surfaces displayed
a layer of random, but evenly distributed, punctate features
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Figure 2: Surface characteristic of uncoated and keratin-coated TCPS. (a) 2D and 3D AFM images showing topography of surfaces and mean
roughness (𝑅𝑎 ). (b) Water contact angle measurement showing increased hydrophilicity upon keratin coating; ∗ 𝑃 < 0.05.

with diameters of 40–50 nm. These features were nanosized
keratin globules that were clearly observed in the 3D AFM
images as well. The mean roughness (𝑅𝑎 ) of the uncoated
and keratin-coated TCPS surfaces was 2.09 ± 0.41 nm and
2.36 ± 0.24 nm, respectively. We had previously showed
that nanosized keratin globules on cell culture surfaces
enhanced fibronectin production in fibroblasts [19]. With
MSCs, McMurray et al. showed that nanoscale features processed into polycaprolactone by electron beam lithography
facilitated their growth [24]. Similarly, human embryonic
stem cells would also respond to differing surface nanotopography [25]. A measurement of water contact angle was performed to confirm the effect of keratin adsorption on surface
hydrophilicity. As shown in Figure 2(b), the mean water contact angles were 69.1 ± 1.9∘ for uncoated TCPS and 56.7 ± 2.1∘
for keratin-coated TCPS, suggesting that a more hydrophilic
surface is created after keratin adsorption.

3.2. Cell Attachment and Proliferation. The two populations
of hMSCs used in this study came from individuals of the
same gender and age group. Despite this, differences in cell
response were observed, presumably due to inherent genetic
variation. On uncoated surfaces, donor-to-donor variability
in cell attachment efficiency was clearly evident (Figures 3(a)
and 3(b)). Two hours after seeding, ∼80% of the hMSCs from
Donor A had already attached onto the uncoated surfaces,
compared to only ∼62% of Donor B’s hMSCs. However, this
difference became insignificant after 6 hours, where both sets
of hMSCs registered close to 90% attachment. In contrast,
keratin-coated surfaces appeared to have mitigated this donor
variability. Both sets of hMSCs showed similar attachment
rates, reaching ∼60% after 2 hours and ∼80% after 6 hours.
Both hMSC populations recorded comparable proliferation
rates over three passages (P5 to P7) on uncoated and keratincoated surfaces (Figures 3(c) and 3(d)). This suggests that
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Figure 3: Cell attachment and proliferation. Percentage of attachment of hMSCs from (a) Donor A and (b) Donor B on uncoated and keratincoated TCPS surfaces over 2 and 6 h; 𝑛 = 3, ∗ 𝑃 < 0.05. Cumulative cell numbers of hMSCs from (c) Donor A and (d) Donor B on uncoated
and keratin-coated TCPS surfaces over 2 passages; 𝑛 = 6.

keratin did not compromise the proliferative capacities of
cells from either donor.
3.3. Expression of Stem Cell Markers. STRO-1 and CD49a
were chosen as the key hMSC biomarkers in this study;
CD49a, the 𝛼1 -integrin subunit, regulates MSC adhesion to
ECM proteins such as collagen and laminin [21, 26, 27].

Here, the initial levels of STRO-1 expression varied between
5 and 8% for both MSC populations (Figure 4(a)), which
was in the expected range for viable primary cells [28, 29].
STRO-1 expression in Donor A’s hMSCs at passage 5 was
significantly higher on keratin-coated surfaces compared to
uncoated surfaces. No differences were observed in STRO1 expression at passage 7 in Donor A cells. For Donor B,
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Figure 4: Flow cytometry analysis of stem cell marker expression. Human MSCs from Donor A and Donor B were cultured on uncoated or
keratin-coated surfaces from passage 4 to passage 7. The stem cell markers STRO-1 (a and b) and CD49a (c and d) were assessed at passage 5
and passage 7. All plots show relative percentage expression levels. Representative scatter plots (FSC, 𝑥-axis and SSC, 𝑦-axis) show gating of
live cells, while histograms show the distribution of expression of the surface markers; 𝑛 = 3, ∗ 𝑃 < 0.05.

STRO-1 expression improved by 3% when cultured on the
keratin-coated surfaces over two passages (P5 to P7), whereas
expansion on uncoated surfaces showed a steady decline
(Figure 4(b)). Similarly to the cell attachment results, keratincoated surfaces mitigated donor-to-donor variability and
could at minimum sustain and sometimes enhance STRO-1
expression.
CD49a expression in Donor A cultures on keratin-coated
surfaces appeared to be lower than on uncoated surfaces at
both passages 5 and 7 (Figure 4(c)), although this difference
was not statistically significant. In comparison, expression
of CD49a for Donor B on keratin-coated surfaces was half
of that on uncoated surfaces at passage 5 (Figure 4(d)).
However, by passage 7 the expression levels of CD49a on
keratin-coated surfaces had increased from 19% to 38%,
which was comparable to levels that have been previously
reported [21] and was similar to the expression levels on
uncoated surfaces. Considered collectively, it seemed that
while CD49a expression was somewhat suppressed, hMSC
adhesion and proliferation were not compromised when cultured on keratin-coated surfaces (Figures 3(a) and 3(b)). This
suggests that hMSC adhesion to keratin-coated surfaces was
being mitigated through other integrin 𝛼-subunits, perhaps
the 𝛼4 variant, which is also known to recognize the LDV cell
adhesion motif present in hair keratins [13].
3.4. Colony-Forming Efficiency. STRO-1 expression is not
only associated with the identification [30] and maintenance
of hMSC stemness [26, 31], but also implicated in tissuespecific paracrine signalling. Psaltis et al. recently demonstrated that STRO-1-positive hMSCs release greater levels
of cytokines which were capable of increasing cardiac cell
proliferation and tube formation by endothelial cells [32].

It is also known that expression of STRO-1 is strongly
correlated with the colony-forming ability of hMSCs [31].
Indeed, our CFU-F assay results showed that the two donor
hMSCs with sustained or increased STRO-1 expression levels,
when cultured on keratin-coated surfaces, also formed more
colonies over the same passages. As shown in Figure 5,
the efficiencies of colony formation on all cultures showed
no significant difference after just one passage on different
surfaces (passage 5). However, by passage 7, after being
expanded for 3 consecutive passages on the different surfaces,
the colony-forming efficiencies of hMSCs from both donors
cultured on keratin-coated surfaces increased by ∼25%, while
those on uncoated surfaces remained unchanged.
Many strategies have been utilized in attempts to maintain stem cell quality during in vitro expansion [22], with
reports from the literature about biomaterial-coated surfaces
being somewhat variable and sometimes contradictory. Biomaterials that have shown promise include collagen, laminin,
fibronectin, and a variety of heterogeneous decellularized
matrices [5–11]. A confounding factor is the nature of the
underlying substrate on which the coating is being laid.
The surface and mechanical properties of this substrate
will need to be considered carefully so as to provide fair
comparisons between different coating materials. Song et
al. demonstrated that human collagen type-1-coated silicone
membrane surfaces resulted in decreased hMSC proliferation. In contrast, human fibronectin coated on the same
silicone membrane surfaces enhanced hMSC attachment
but did not influence their proliferation [33]. Here, keratin
coating was performed over rigid TCPS surfaces. In a similar
experiment, Qian and Saltzman found that TCPS surfaces
coated with either collagen, laminin, or fibronectin did not
result in any difference in terms of expansion and neuronal
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differentiation of MSCs. In comparison, TCPS surfaces
coated with 50 mg/cm2 of Matrigel, which primarily consists
of murine laminin, collagen type IV, and heparan sulfate
proteoglycans, not only enhanced neuronal differentiation
but also significantly improved the proliferative capacity of
MSCs [5]. Here, coating TCPS with hair keratin solutions at
80 𝜇g/mL resulted in a significantly lower coating density of
650 ng/cm2 [19], which led to effective maintenance of STRO1 expression with an increased colony-forming efficiency.

4. Conclusion
Mesenchymal stem cells from two human donors were cultured on 2D TCPS surfaces coated with human hair keratins
at 80 𝜇g/mL. Coated surfaces increased surface roughness
and increased hydrophilicity; they were also able to moderate
donor-to-donor variability in terms of cell attachment efficiencies while not compromising their proliferative capacities. Human MSC attachment onto keratin-coated surfaces
was not regulated through CD49a. Most importantly, STRO-1
expression in both hMSC populations was either maintained
or significantly increased on keratin-coated surfaces, which
translated into higher colony-forming efficiencies. Together,
these results demonstrate for the first time the potential of
using keratin-coated surfaces to enrich naı̈ve and functional
hMSCs.
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The development of materials and strategies that can influence stem cell attachment, proliferation, and differentiation towards
osteoblasts is of high interest to promote faster healing and reconstructions of large bone defects. Graphene and its derivatives
(graphene oxide and reduced graphene oxide) have received increasing attention for biomedical applications as they present
remarkable properties such as high surface area, high mechanical strength, and ease of functionalization. These biocompatible
carbon-based materials can induce and sustain stem cell growth and differentiation into various lineages. Furthermore, graphene
has the ability to promote and enhance osteogenic differentiation making it an interesting material for bone regeneration research.
This paper will review the important advances in the ability of graphene and its related forms to induce stem cells differentiation
into osteogenic lineages.

1. Introduction
Bone tissue regeneration is of high interest to promote faster
healing and reconstruction of large bone defects created
by tumor resection, skeletal abnormalities, fractures, and
infection. The development of this field requires the use
of substrates that enable cell attachment, proliferation, and
differentiation [1–3]. Several different materials can initiate,
stimulate, and sustain the series of complex events that lead
to cell differentiation and osteogenesis [3, 4]. For example,
collagen can offer suitable surface chemistry for cell growth
and differentiation [5, 6] but possesses poor mechanical properties and is prone to immune response [3, 6, 7]. Hydrogels
with tunable physical and chemical properties may positively
direct stem cell fate [6, 8]. However, their limitations may
include lack of cell-specific bioactivities and it is challenging
to create large structures due to the need of a highly crosslinked network that can interfere in cell behavior [4, 6, 8, 9].
Therefore, materials with intrinsic characteristics that can

sustain cell growth and induce differentiation possess a great
potential for stem cell research.
Graphene is a single atomic sheet of conjugated sp2 carbon atoms and is the thinnest, lightest, and maybe the strongest˜material known [10, 11]. Its electrical conductivity and
charge carrier mobility surpass the most conductive polymers
by several orders [12] making graphene a revolutionary material for electronic devices such as batteries, semiconductors,
electrochemical sensors, and others. As it can be easily
functionalized, graphene has also opened avenues for use
in biomedical applications (e.g., biosensors, nanocarriers for
drug and gene delivery, and devices for cell imaging and
phototherapy for cancer) [12–17]. As graphene can be synthesized in a relatively pure form and offers tunable surface, it
has emerged as an interesting substrate for experiments with
anchorage-dependent cells such as mesenchymal stem cells
(MSCs), neuronal stem cells, induced pluripotent stem cells,
and others [12, 15, 18–23].
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2. Graphene and Its Unique Properties
Since its discovery in 2004 by Nobel laureates Geim and
Novoselov [24], graphene has attracted massive interest
because of its unique physical, mechanical, and chemical
properties [10–12, 25–27, 29–32].
Graphene Physical, Chemical, and Mechanical Properties
(i) Thinnest, strongest, and stiffest imaginable material
[24].
(ii) Almost transparent [25, 26].
(iii) Most stretchable crystal (20% elasticity) [24].
(iv) Recording thermal conductivity [24].
(v) Highest current density at room temperature [26].
(vi) Completely impermeable [27].
(vii) Highest intrinsic mobility (100 times more than in Si)
[26].
(viii) Conducting electricity in the limit of no electrons
[26].
(ix) Large surface area (∼2600 m2 g−1 ) [28].
(x) Longest mean free path at room temperature (micron
range) [26].
Due to its unique structure and a pure aromatic carbon
system [29], it has high electron mobility at room temperature
[26]. It also has exceptional thermal and chemical stability
and can work as an impermeable barrier supporting pressure
differences larger than one atmosphere [24, 27]. Though it is
almost transparent, it absorbs approximately 2.3% of white
light which makes it slightly visible to the naked eye [25].
Moreover, it is flexible and can adapt and deform in the direction normal to its surface. The large surface area, close to
2600 m2 g−1 , makes it an attractive platform for anchorage of
large amounts of molecules [28, 33].
Graphene-related materials can be classified based on
either number of layers (e.g., mono- or multilayered graphene) or their chemical modification such as graphene oxide
(GO) or reduced GO (rGO) (Figure 1). GO is a highly oxidized form of graphene prepared by oxidation of graphite.
This amphiphile compound allows surface functionalization
and can be dispersed in aqueous solution, making it an
attractive candidate for gene and drug delivery and substrate
modification [12, 16, 17, 34–37]. rGO can be further reduced
to graphene-like sheets by removing the oxygen-containing
groups with the recovery of a conjugated structure [12, 32].
Graphene in different forms can be obtained using “topdown” and “bottom-up” methods. The “top-down” approaches
include mechanical and/or chemical exfoliation of graphite.
The mechanical method, also known as the “Scotch tape”
or peel-off technique, allows the detachment of micrometersized graphene flakes from a graphite crystal using adhesive
tape [24, 32, 38]. In the chemical exfoliation, graphite is oxidized using strong acids such as sulphuric or nitric acid. This
procedure inserts oxygen atoms between individual graphene
sheets and forces them apart, resulting in a suspension of
GO sheets that can be filtered to isolate GO flakes [30, 39].

As GO presents oxygen functionalities it can be well dispersed in water, physiological media, and other organic
solvents [40].
Graphene can also be obtained using “bottom-up”
approaches like epitaxial growth and chemical vapor deposition (CVD) [38, 41]. The latter is a versatile and scalable
method for production of large scale and high quality
graphene that can be transferred to various substrates [42]. In
typical CVD process, a copper or nickel substrate is annealed
and precursor gases (CH4 and H2 ) are pumped into a
reaction chamber (usually a quartz tube) at high temperatures
(∼1000∘ C). The high temperature leads to the pyrolysis of
precursors and dissociates carbon atoms which then react
with the substrate to produce the thin film of graphene [38].
CVD-grown graphene is flexible and hydrophobic that can be
used as a substrate to promote cell proliferation and enhance
some of their functions [12, 33, 35, 43–47].
The different methods to produce graphene result in
materials with different number of layers and/or chemical
groups. Raman fingerprints for different groups and number
of layers reflect changes in the electron bands and allow
unmistakable identification and characterization of graphene
by the analysis of three peaks: G, 2D, and D (Figure 2).
The G and 2D bands are the most prominent in graphene
samples: the G-band (∼1587 cm−1 ) arises from the stretching
of the C–C bond in graphitic materials whereas the D band
(∼1340 cm−1 ) is only activated if disorder or defects are
present. The 2D band (2500–2800 cm−1 ) is present in all types
of sp2 carbon materials and is used to determine the number
of layers of graphene [48].

3. Cytotoxicity and Biocompatibility
of Graphene
Graphene and its derivatives are interesting materials for
biomedical applications since carbon is the basis of organic
chemistry [24, 34]. However, the shape and physical and
chemical characteristics of carbonaceous nanomaterials play
an extremely important role in how they interact with cells,
tissues, and organs [49].
Anchorage-dependent cells need to adhere to substrates
in order to spread, proliferate, and perform their functions
[3, 14, 46, 47, 50, 51]. The CVD-grown graphene allows
human MSCs attachment and proliferation similar to other
substrates used for cell culture [33, 46, 47, 52]. Bone marrowderived MSCs from goats are also capable of proliferating in
culture plates coated with GO (0.1 mg/mL) [37].
Although substrates coated with graphene-based materials are not cytotoxic, the use of the material in solutions
might pose hazards to cells and tissues. Cell viability may
decrease significantly in solutions with high concentrations
of pristine graphene (50 𝜇g/mL) as it accumulates on the
cell membrane leading to high levels of oxidative stress [53].
Graphene microsheets with lateral dimensions lower than
5 𝜇m can enter mammalian cells initiated by spontaneous
penetration of lipid bilayers in a dominant edge-first or
corner-first mode. Nonetheless, the uptake of microsheets
larger than 5 𝜇m in lateral dimensions is often incomplete
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Figure 1: Methods of obtaining graphene and its derivatives.

[54]. When PC12 cells, a pheochromocytoma of the rat
adrenal medulla, are exposed to graphene sheets in solution
(0.1 𝜇g/mL), there is an increase in reactive oxygen species
production and decrease in metabolic activity. However, at
concentrations of 0.01 and 0.1 𝜇g/mL, there is no increase in
lactate dehydrogenase, an enzyme released upon membrane
damage [49].
Carbon-based materials present different effects when
administered in vivo as they present diverse patterns of biodistribution [55, 56]. Mice injected with graphene nanosheets
exhibited a Th2 immune response in the lung, whereas those
injected with multiwalled carbon nanotubes (CNT) presented it in the spleen. The pulmonary instillation of multiwalled CNT in mice induces IL-33 production and may
function as an alarm in response to nanomaterial exposure
[56].

One strategy used to improve graphene’s biocompatibility
relies on the generation of covalent bonding of polyethylene glycol (PEG) to minimize oxidation. There was no
considerable toxicity after injecting mice with 20 mg/kg
with PEGylated graphene as evidenced by histological and
hematological analysis after 90 days. In fact, the graphene
sheets levels in most organs were very low after three days
from the injection. The relatively slow but persistent decrease
of the material concentration in the liver and spleen suggests
that the clearance of graphene nanosheets from the mouse
body happens through both renal and fecal excretions [55].
As graphene-based materials can be functionalized, there
is an increased interest in using them for biomedical applications. In fact, the surface functionalization may be an important step for pacifying its strong hydrophobicity that may
be associated with toxic effects. Nonetheless, the potential
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Figure 2: Characterization of graphene, graphene oxide, and threedimensional graphene-based scaffold by Raman spectroscopy.

long-term adverse effects of functionalized graphene cannot
be neglected [53]. Further studies regarding the safety, biodistribution, and adverse effects are needed before the material
can be used at large in biological systems.

4. Graphene’s Capability to
Induce and Improve Stem Cell
Osteogenic Differentiation
Major bone reconstruction represents a major challenge and
is a global health problem. Stem cell-based therapy might be a
promising solution but it requires the constant development
of biocompatible platforms that can promote and enhance
cell viability, attachment, migration, and differentiation [1,
3]. Several materials such as poly-L-lactic acid (PLLA),
polycaprolactone (PCL), chitosan, and composites based on
these materials are constantly developed and improved to
match some properties of native bone [3, 57, 58]. However,
fine-tuning the mechanical properties and chemical and
physical characteristics to match native bone properties is
rather challenging [58]. In some polymers, such as PLLA and
PCL, the lack of sites for cell adhesion may require chemical
modification to provide such cues to allow stem cell adhesion.
Furthermore, their byproducts upon degradation can trigger
immune responses [59]. Bioactive inorganic materials are
also widely used in bone research. However, due to their
brittle nature, they often fail to match the fracture toughness
of bone and may not be suitable for load bearing applications
[60].
Graphene has emerged as a promising material for stem
cell research due to its unique mechanical, physical, and
chemical properties (Table 1) [20, 24, 61]. Graphene-based
materials allow stem cell attachment and growth and enhance
osteogenic differentiation supporting its introduction as an
alternative material for bone regeneration research [14, 21, 23,
33, 45–47, 52].

Cell adhesion, viability, and proliferation rate are directly
related to the biocompatibility of the substrate [3, 6, 51]. In
fact, cell attachment and differentiation are greatly affected
by the surface characteristics of materials and by forces generated at the cell/material interfaces. [46, 61, 62]. Graphenebased coatings are noncytotoxic and allow the attachment
and proliferation of fibroblasts, osteoblasts, and mesenchymal stem cells (MSC) and have been shown to enhance
stem cell differentiation [33, 43, 45–47, 62–64]. Human
osteoblast-like cells (SAOS-2) and MSC seeded on CVD
graphene presented higher proliferation than silicon dioxide
(SiO2 ) after 48 hours of incubation. Furthermore, MSCs
on graphene assume a spindle shaped morphology whereas
those cultured on SiO2 substrates form separate islands
of polygonal cells [46]. As cell morphology is related to
stem cell commitment to different lineages [65] the spindle
shaped cell structure of MSC on graphene may possess
higher potential for osteoblast differentiation as compared
to the SiO2 substrate [46]. Furthermore, cells cultured on
CVD graphene present higher proliferation in comparison
to SiO2 , graphene oxide, and polydimethylsiloxane (PDMS)
substrates [33, 46] but similar to those cultured on glass, one
of the most used substrates for cell culture [47].
Although cell proliferation is not improved by pristine
graphene, the material enhances stem cell differentiation
towards osteoblastic lineage [33, 45, 47, 52]. MSCs exhibit
accelerated osteogenic differentiation when cultured on
two-dimensional graphene sheets as compared to GO and
PDMS in the presence of an osteogenic induction medium
(Figure 3) [33, 47]. Self-supporting graphene hydrogel film
induced higher levels of osteogenic differentiation of rat
bone marrow stem cells (BMSC) in growth medium [66].
MSC cultured on graphene oxide nanoribbon (GONR) and
reduced GONR (rGONR) grids showed 3.4- and 2.7-fold
increase in the mineralized deposition than those cultured
on PDMS and glass [45]. When glass and Si/SiO2 were
coated with CVD graphene, MSCs present high expression
of osteocalcin (OCN) as compared to the uncoated materials [47]. OCN is identified as a late bone marker in osteoblasts [67]. These increments in differentiation might be
attributed to the high modulus of elasticity and stiffness of
graphene [47]. Furthermore, graphene can sustain lateral
stress that may influence cytoskeletal tension leading to
changes in cytoskeleton organization and structures which
influence cell differentiation [47, 68]. It is known that soft
matrices that mimic brain are neurogenic, stiffer substrates
that mimic muscle are myogenic, and comparatively rigid
matrices similar to collagenous bone induce osteogenic
differentiation [69]. Other factors for the increased differentiation may be attributed to the presence of wrinkles
and ripples on graphene [33, 45, 47]. These are created
during the production of graphene. The CVD graphene is
usually synthesized at high-temperatures (∼1000∘ C) and it
experiences negative thermal expansion while cooling. Thus,
graphene expands laterally while the metal used as the sacrificial substrate shrinks, resulting in the formation of those
wrinkles and ripples. Examples of superficial characteristics
for both CVD-grown graphene and GO are presented in
Figure 4 [34].
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Table 1: Summary of studies using graphene for osteogenesis.
Material

Analysis

rGO-Chitosan

SEM, Alizarin Red staining,
and immunofluorescence

rGO-PEDOT

Immunofluorescence
staining, Alizarin Red S
staining

GO

Immunofluorescence,
microcomputed
tomography, and Goldner
trichrome

GONR, rGONR

Immunofluorescence
staining and Alizarin Red
staining

CVD

Immunofluorescence
staining

CVD, GO

Immunofluorescence
staining and Alizarin Red
staining

CVD

Cell viability assay,
immunofluorescence
staining, and Alizarin Red
staining

3DGp

Immunofluorescence
staining and SEM

CaS-G

MTT, SEM, and RT-PCR

SGH

MTT, H & E,
immunofluorescence
staining, and Alizarin
staining

GO-CaP

Alizarin Red S staining RT
PCR and
immunofluorescence

Carbon nanotubes and graphene

SEM, Elisa, and H & E
staining

Graphene hydrogel

MTT and SEM

Outcomes
The differentiation on rGO-chitosan
substrate was higher than the ones
obtained on the chitosan substrata and
polystyrene regardless of the use of
osteogenic induction media
The multifunctional rGO-PEDOT
bioelectronic interface was used for
manipulating attachment and orientation
of MSC. The device acted as a drug
releasing model under electrical
modulation
The osteogenetic differentiation of human
BMMSCs on Ti/GO substrate was higher
compared to Ti substrate

Reference

[21]

[83]

[84]

Graphene nanogrids increase the
osteogenic differentiation of BMSC; the
differentiation coincides with the patterns
of the nanogrids
The cells adhered and proliferated more
on CVD-grown graphene than on SiO2
substrates
Graphene was capable of
preconcentrating osteogenic
differentiation factors. GO strongly
enhances adipogenic differentiation

[46]

CVD-grown graphene allowed the
proliferation of MSC and increased the
differentiation towards osteoblast

[47]

3DGp maintains MSC viability and
promotes osteogenic differentiation
without the use of chemical inducers
Cell adhesion was enhanced by adding
1.5% of graphene to the material as
compared to the calcium silicate alone
The self-supporting graphene hydrogel
(SGH) film allows cell adhesion and
proliferation and accelerates the
osteogenic differentiation without
chemical inducer
The GO-CaP nanocomposite exhibited
superior osteoinductivity compared to
individual or combined effects of GO and
CaP
Cells in PLLA composite scaffolds
containing 3% wt of graphene presented
higher expression of osteogenesis-related
proteins, calcium deposition, and the
formation of type I collagen
Graphene 3D hydrogel allows cell
proliferation and attachment confirming
the biocompatibility of the graphene
hydrogel scaffolds

[45]

[33]

[52]

[72]

[66]

[73]

[80]

[82]
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Figure 3: (a) Alizarin Red staining after 12 days of incubation of BMSC on PDMS, graphene (G), and GO with ((i), (ii), and (iv)) and without
osteogenic medium ((ii), (iv), and (vi)). (b) Quantification demonstrated a significantly higher amount of Alizarin Red staining in the MSCs
differentiated on graphene. Reprinted with permission from [33] (Copyright (2011) American Chemical Society).

It is known that the transport phenomena of cytokines,
chemokines, and growth factors are drastically different
between two- and three-dimensional (3D) microenvironments interfering in signaling transduction, cell-cell communications, and tissue development [3, 6, 70]. Graphene
3D construct (3DGp) can be synthesized via CVD using
a nickel foam as template and are capable of inducing
spontaneous neuronal and osteogenic differentiation of MSC
[52, 64]. Cells in 3DGp presented a spindle shaped and
elongated morphology with thin and aligned nuclei, typical of
osteoprogenitor cells and expressed osteogenic markers OCN
and osteopontin (OPN) even without the use of osteogenic
medium [52]. Recently, our group has succeeded in culturing

periodontal ligament stem cells (PDLSC) in 3DGp (Figure 5).
After 5 days, the surface of 3DGp was covered by cells having
an elongated shape, showing that 3DGp is a suitable substrate
for PDLSC attachment and proliferation.
Although graphene holds the potential to induce spontaneous osteogenic differentiation of stem cells, this property
is significantly enhanced by the use of chemical inductors
for osteogenic differentiation [33, 45, 47, 52]. When MSCs
were cultured on CVD graphene with osteogenic medium,
the extent of mineralized deposition was remarkably higher
than that observed for PDMS and GO sheets [33]. Similarly,
CVD graphene substrate was able to induce osteogenic differentiation of MSC at the same rate as Si/SiO2 substrates treated
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Figure 4: Characterization by atomic force microscopy of (a) CVD-grown graphene; (b) and (c) GO (10 mg/mL).
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Figure 5: Periodontal ligament stem cell in 3DGP after 3 (a) and 5 days (b) on culture. Cells are able to attach and proliferate into the
three-dimensional surface of the graphene-based scaffold.

with BMP-2 [47]. The extent of the induced differentiation
of MSC cultured on GONR and rGONR grids was 6.4- and
16.3-fold higher than those obtained for PDMS substrates
[45]. These higher levels of differentiation are possible due
to the capability of graphene-based materials to adsorb
typical osteogenic inducers such as dexamethasone and 𝛽glycerophosphate [33, 45]. Dexamethasone can be adsorbed
due to 𝜋-𝜋 stacking between the aromatic rings in the
molecules and the graphene basal plane [33]. GO is prone to
bind to ascorbic acid due to the degree of hydrogen bonding

that is formed between the OH moieties of the acid and
GO [33, 45]. Hence, graphene and its derivatives allow the
loading and release of drugs and proteins that can enhance
the osteogenic differentiation of stem cells.

5. Combining Graphene and Various Materials
to Enhance Osteogenic Differentiation
Although graphene has great benefits for osteogenic differentiations due its excellent physical properties, it can also be
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OM

GO

CaP

GO-CaP

Figure 6: Immunofluorescence for osteocalcin and alkaline phosphatase (green) and DAPI (blue) after incubation with control osteogenic
medium on GO, calcium phosphate (CaP), and GO–CaP for two weeks. Scale bars represent 20 mm. Reprinted with permission from [73]
(Copyright (2014) American Chemical Society).

chemically modified [71] or combined with other materials
like polymers, ceramics, and metals to further improve the
differentiative potential [21, 62, 72–75]. GO is a widely
used form of graphene due to the presence of carboxylic,
epoxy, and hydroxide groups, which allow wide range of
reactions and functionalization opportunities [12, 32, 66, 76].
Ceramic/functionalized graphene composites can improve
biological outcomes of ceramic-based materials [72, 73, 75].
Hydroxyapatite (HA), for example, is a calcium phosphate
ceramic commonly used for bone repair or regeneration
due to its chemical similarity to that of natural apatite in
bones [18]. The addition of graphene nanoplatelets (GNP)
to 45S5 Bioglass results in a composite with high electrical
conductivity and increased concentration of GNP. The electrically conductive biomaterials can be used in bone tissue
engineering to facilitate cell growth and tissue regeneration
with physioelectrical signal transfer [75]. The addition of GO
to HA coatings can increase the coating adhesion strength
on titanium sheets. The GO/HA composite coating also
exhibits higher corrosion resistance than pure HA coatings.
Furthermore, the GO-modified coating presents higher cell
viability in comparison with titanium substrate regardless of
the coating of HA [77]. By embedding graphene plates to
calcium silicate matrix it was possible to improve the wear
resistance of the composite created in a quantity-dependent
manner. Although the addition of graphene to the calcium
silicate does not increase osteoblastic-related gene expression
of MSC, cell adhesion was enhanced by adding 1.5% of
graphene to the material as compared to the calcium silicate
alone [72]. The incorporation of GO to ultrathin plate shaped
calcium phosphate nanoparticles improved the osteogenic
differentiation of MSC (Figure 6). GO acts synergistically
with calcium phosphate increasing calcium deposition, ALP
activity, and OCN expression of MSC [73].
Polymers have also been modified with graphene to provide better environments for cell survival and differentiation.

The addition of 1 wt% of GO to gelatin-based composite
improves significantly the tensile strength, Young’s modulus,
and energy at break by 84, 65, and 158%, respectively [78]. The
addition of rGO to chitosan changes its nanotopography due
to the increase in roughness and surface area, thus enhancing
adhesion and osteoblastic differentiation of MSCs. Due to
the nanoscale disorder of graphene incorporated into the
chitosan substrata, the mineralized deposits observed were
higher as compared to chitosan and polystyrene substrate
regardless of the use of osteogenic or culture media [21]. GO
also increased the bioactivity of PCL during biomineralization by promoting the nucleation of HA nanoparticles in
simulated body fluid [79].
Poly-L-lactide (PLLA) scaffold was modified with CNT
and graphene of 1–3% wt by thermal-induced phase separation technique. The scaffold containing 3% wt of graphene
enhances the differentiation of BMSC and increases the
calcium deposition and formation of collagen type I. This
can be attributed to the increase in specific surface area
of the scaffold and the surface roughness that can increase
adsorption of proteins. Furthermore, graphene provides
more contacting surface to cells as compared to the same
content of CNT [80].
Graphene can form self-supporting graphene hydrogel
(SGH) by the principal of colloidal chemistry due to intrinsic
corrugation of graphene and solvation repulsion between
neighboring graphene sheets, resulting in a large amount of
separated graphene sheets in a collective manner inside SGH
[66, 81]. Multilayered SGH film allows the same level of cell
adhesion and proliferation of BMSC in comparison to glass.
The implantation of SGH film into subcutaneous sites of rats
leads to formation of new blood vessels with minimal fibrous
capsule formation after 12 weeks. Interestingly, this biocompatible film was able to stimulate osteogenic differentiation of
stem cells without additional chemical inducers. This ability
can be attributed to the corrugated and porous surface of
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the film that acts as anchor points for the cytoskeletons
and exerts influence on cytoskeletal tension changing cell
morphology [66]. A graphene-modified hydrogel prepared
by hydrothermal method also contributes to a biocompatible
three-dimensional environment as MG63 cells were capable
of flourishing in the hydrogel for seven days. Guided filopodia
protrusions of MG63 cell revealed that the cells were well
adapted to the graphene hydrogel substrate [82].
Due to the large surface area and delocalized electrons,
GO and rGO have the potential to bind and solubilize
molecules acting as drug delivery vehicles [12, 33, 35,
83, 84]. Poly(l-lysine-graft-ethylene glycol)- (PLL-g-PEG-)
coated PEDOT electrodes can be used as electroactive device
for spatial-temporal controlled drug-release. Such devices
can be used for long-term cell culturing and controlled
differentiation of MSC through electrical stimulation [83].
Given that the induction of osteogenic differentiation
of stem cells can take several weeks, the sustained release
of inducing proteins, such as BMP-2, can accelerate this
process. Recently the potential of titanium coated with GO
(Ti/GO) has been explored for sustained release of BMP2 to increase osteogenic differentiation in vitro and in vivo
[63]. Ti substrates coated with GO enable loading and sustained release of BMP-2 without compromising the protein
bioactivity. The in vitro osteogenic differentiation of BMSC
was higher on Ti/GO combined with BMP-2 than on Ti
with BMP-2. Further in vivo experiment demonstrated the
efficacy of BMP-2 delivered by Ti or Ti/GO substrate after
implantation into mouse calvaria defects. After 8 weeks,
Ti/GO implants conjugated with BMP-2 showed extensive
bone formation revealed by microcomputed tomography and
histological analysis as compared to Ti/BMP-2 substrate [84].
These findings corroborate graphene as a promising
material that can increment bioactivity and differentiative
potential of candidate materials for bone tissue regeneration.

6. Conclusion
The characteristics of graphene such as large surface area,
excellent mechanical properties, and feasibility to be transferred to different substrates among others make it a unique
material for stem cell research. Graphene-modified substrates
and materials are biocompatible, allow cell adhesion and
proliferation, and increase differentiation of stem cells into
osteogenic lineage. In addition, it can be easily functionalized
to bind biomolecules or elements of choice to induce and control stem cell behavior. Although some challenges remain, the
advances obtained by using graphene to induce osteogenesis
are exciting. One of these challenges is the lack of thorough
and profound understanding of the mechanism and signaling
pathways involved in stem cell differentiation stimulated by
graphene. Further studies at cellular and subcellular level
beyond proof of concept and focusing on underlying mechanism are necessary. Moreover, comparisons of graphene
with current known and successful biomaterial and implants
must be performed to conclude the benefits of the material.
Furthermore, in vivo animal studies are needed to assess
biodistribution and their metabolic pathways in tissues and
organs to permit future clinical applications.
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Due to the unique structures and remarkable properties,
graphene and its derivatives hold great potential for biomedical applications. Although the research with graphene for
bone tissue regeneration is still in early stages of development,
the material may have bright future in clinical scenarios.
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Injectable hydrogels have the great potential for clinical translation of dental pulp regeneration. A recently developed PEGfibrinogen (PF) hydrogel, which comprises a bioactive fibrinogen backbone conjugated to polyethylene glycol (PEG) side chains,
can be cross-linked after injection by photopolymerization. The objective of this study was to investigate the use of this hydrogel,
which allows tuning of its mechanical properties, as a scaffold for dental pulp tissue engineering. The cross-linking degree of
PF hydrogels could be controlled by varying the amounts of PEG-diacrylate (PEG-DA) cross-linker. PF hydrogels are generally
cytocompatible with the encapsulated dental pulp stem cells (DPSCs), yielding >85% cell viability in all hydrogels. It was found
that the cell morphology of encapsulated DPSCs, odontogenic gene expression, and mineralization were strongly modulated by
the hydrogel cross-linking degree and matrix stiffness. Notably, DPSCs cultured within the highest cross-linked hydrogel remained
mostly rounded in aggregates and demonstrated the greatest enhancement in odontogenic gene expression. Consistently, the highest
degree of mineralization was observed in the highest cross-linked hydrogel. Collectively, our results indicate that PF hydrogels can
be used as a scaffold for DPSCs and offers the possibility of influencing DPSCs in ways that may be beneficial for applications in
regenerative endodontics.

1. Introduction
In recent years, there has been an increasing focus on conservative strategies in endodontics for the treatment of diseased
dental pulps. In the emerging paradigm of regenerative endodontics, stem cell and tissue engineering technologies offer
potential for repair and regeneration of dentin-pulp tissues
to treat necrotic teeth in patients [1, 2].
Dental pulp stem cells (DPSCs) have been demonstrated
as a suitable cell source for dental tissue regeneration, owing
to their high accessibility, proliferative ability, and multilineage differentiation potential [3, 4]. Inductive biochemical

factors for odontoblastic differentiation of DPSCs have been
well studied in recent years [5–7]. However, there is still limited understanding of the ideal scaffold design and the critical
stem-cell biomaterial interactions that are needed to support
DPSCs to regenerate dental tissues. Of note, the mechanical
properties of the artificial extracellular microenvironment
and how they may affect the behavior of DPSCs are still poorly
understood.
In the context of dental pulp tissue engineering, the use
of injectable hydrogels as scaffolds is particularly attractive
as they are expected to conform to the variable shape of the
pulp chamber and can be formulated with cells and/or growth
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factors by simple mixing [8–12]. We have previously developed an injectable semisynthetic hydrogel scaffold material
comprised of a fibrinogen backbone covalently conjugated
to polyethylene glycol (PEG) side chains and cross-linked by
photopolymerization. The hydrogel’s mechanical properties
may also be tuned by the degree of cross-linking through a
simple adjustment of the concentration of additional PEGdiacrylate (PEG-DA), photoinitiator, and ultraviolet (UV)
light intensity [13]. Furthermore, the unique photo-crosslinking property of the hydrogel would allow dentists to inject
the precursor solution into the dental pulp chamber before
rapid gelation by photopolymerization.
In this study, we examined the cytocompatibility of
PEG-fibrinogen (PF) hydrogels and the effects of varying
the hydrogel cross-linking degrees on the differentiation of
encapsulated dental pulp stem cells (DPSCs). We hypothesized that hydrogels of varying cross-linking degrees might
induce cellular morphological changes and impact on the
extent of differentiation. We also hypothesized that PF hydrogels with a higher cross-linking degree and correspondingly
higher storage modulus would facilitate odontoblastic differentiation of DPSCs. This study may prove useful in designing
injectable hydrogel scaffolds for applications in dental pulp
tissue engineering and regenerative endodontics.

2. Materials and Methods
2.1. Synthesis of PEG-Fibrinogen Precursors. PEG fibrinogen
(PF) was synthesized according to published protocols [13].
Briefly, 7 mg/mL bovine fibrinogen (Bovogen Biologicals Pty
Ltd., Australia) was dissolved in 10 mM phosphate buffered
saline (PBS) with 8 M urea. Tris(2-carboxyethyl)phosphine
hydrochloride (TCEP-HCL) was added to the solution at
a molar ratio of 1.5 : 1 to the amount of cysteines in fibrinogen. The fibrinogen solution was then adjusted to pH 8
using sodium hydroxide (NaOH). The PEG-DA solution was
prepared by dissolving 280 mg/mL PEG-DA (linear, 10 kDa)
powder in 10 mM PBS with 8 M urea. After centrifugation,
the supernatant containing dissolved PEG-DA was added
to the fibrinogen solution at a 3.7 : 1 molar ratio of PEG
to fibrinogen cysteines. The mixture was then reacted in a
reaction vessel with a thermostatic jacket (Lenz Laborglas,
Germany) at 22.5∘ C for 3 h in the dark. After reaction,
the solution was first diluted with equal amount of PBS
containing 8 M urea and then precipitated by adding into
acetone at a volume ratio of 4 : 1 (acetone to solution). The
precipitant was redissolved by adding 1.8 volumes of PBS8 M urea. The modified fibrinogen was then purified and
concentrated to 8–12 mg/mL by using Centramate cassettes
(50 kDa MW cutoff, NY, USA). The PEG-fibrinogen (PF)
solution was subsequently passed through a high shear fluid
processor (Microfluidics M110-P, USA) to achieve uniform
particle size and finally filtered with VacuCap 90 filter (Pall
Corporation, USA).
2.2. Fabrication of PF Hydrogels. PF hydrogels with different
cross-linking degrees were made by cross-linking PF gels
using variable amount of additional PEG-DA. Four groups
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containing 0, 0.5, 1.5, and 2.5% w/v additional PEG-DA were
prepared. To make these gels, a precursor solution containing four components was prepared: (1) PF hydrogel (final
concentration 8 mg/mL); (2) PEG-DA (diluted from 15%
stock solution in PBS); (3) 1% (v/v) photoinitiator solution
(prepared from stock solution containing 10% w/v Irgacure
2959 (Ciba, Switzerland) in 70% ethanol); (4) PBS (volume
adjustable). The precursor solutions were first mixed by
vortexing for 3 s and then transferred to plastic cylinder
molds (150 𝜇L, Fisher Scientific) or 15-well 𝜇-slides (Ibidi) for
gel casting. To initiate cross-linking, the precursor solutions
were exposed to long-wave UV light (365 nm, 4-5 mW/cm2 )
for 3 min in 15-well 𝜇-slide or 5 min in plastic cylinder molds.
2.3. Rheological Characterization of PF Hydrogels. Rheological measurements of PF hydrogels were carried out using
AR-G2 rheometer (TA instruments, New Castle, DE, USA)
according to a published protocol [14]. Briefly, after 1 min
equilibrium time, 200 𝜇L PF precursor solution loaded on the
instrument was cross-linked by exposure to long-wave UV
light (365 nm) emitted from OmniCure Series 2000 UV light
source at an intensity of 5 mW/cm2 . Time-sweep oscillatory
tests were done at room temperature at a sinusoidal 2% strain
rate and a 6-rad s−1 angular frequency, within the linear viscoelastic region as determined previously [15]. Temporal change
of storage modulus (𝐺 ) was recorded for 3 min after initiation of cross-linking.
2.4. Swelling Analysis of PF Hydrogels. For measuring the
swelling ratio, PF hydrogels were cast into cylinder molds,
transferred to PBS, and allowed to equilibrate for 24 h at 4∘ C.
Wet weight of the samples was determined before undergoing freeze-drying overnight. The change in hydrogel weight
between the swollen (𝑊𝑠 ) and dried (𝑊𝑑 ) states was used to
determine the volumetric swelling ratio as follows:
𝑊
Swelling ratio = 𝑠 .
(1)
𝑊𝑑
2.5. DPSC Encapsulation and Differentiation. Human DPSCs
used in this study were obtained commercially from AllCells,
LLC. DPSCs were cultured in Dulbecco’s modified eagle’s
medium (DMEM) (low glucose, Biowest, France) supplemented with 10% fetal bovine serum (FBS, Biowest) and 1%
penicillin/streptomycin (PS, Life technologies, Singapore). To
initiate cell encapsulation, DPSCs at P4-P5 were detached by
trypsinization before being resuspended in PF gel precursor
solution at a density of 1 × 106 cells/mL. To initiate crosslinking, the cell-gel mixtures were exposed to long-wave
UV light for 3 min in 15-well 𝜇-slide or 5 min in plastic
cylinder molds. DPSCs encapsulated in the PF hydrogels were
differentiated to odontoblast-like cells by culturing in odontogenic/osteogenic differentiation medium [16] comprised of
DMEM high glucose, 10% FBS, 1% PS, 10−7 M dexamethasone
(Sigma, St. Louis, MO, USA), 50 𝜇g/mL ascorbic acid 2phosphate (Sigma), and 10 mM 𝛽-glycerophosphate (Sigma).
DPSCs encapsulated in PF hydrogels (cast in both cylinder
molds and in 15-well 𝜇-slides) were differentiated for 3 weeks
with medium change every 3 days.
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Table 1: List of primers.

Target

Forward

Reverse

COL I
DSPP

AAAAGGAAGCTTGGTCCACT
TTAAATGCCAGTGGAACCAT

GTGTGGAGAAAGGAGCAGAA
ATTCCCTTCTCCCTTGTGAC

DMP-1
OC
GAPDH

TGGGGATTATCCTGTGCTCT
CATGAGAGCCCTCACA
GAGTCAACGGATTTGGTCGT

TACTTCTGGGGTCACTGTCG
AGAGCGACACCCTAGAC
GACAAGCTTCCCGTTCTGAG

2.6. Cell Viability. Encapsulated DPSCs in PF hydrogels were
stained by live/dead viability assay kit (Life Technologies)
according to the manufacturer’s protocol. Briefly, the medium
was removed and the cells in hydrogel were rinsed once
with PBS followed by incubation with the dye. Live cells
stained green with calcein AM and dead cells marked red
with ethidium homodimer-1 (EthD-1) were visualized using
a confocal microscope. Two to three random sections were
analyzed for each sample (𝑛 = 2-3 samples per gel type).
The cell count was performed using ImageJ software (NIH,
Bethesda, MD). Percentage cellular viability was calculated
as the number of viable cells is divided by the total number
of cells measured per gel, multiplied by 100.
2.7. Cell Morphology. After 21 days of culture, DPSC-laden
hydrogel constructs were fixed in 10% buffered formalin
overnight at 4∘ C. The PF hydrogel constructs were further
cryoprotected in 25% sucrose solution, flash-frozen in isobutane (−30∘ C), embedded in Tissue-Tek O.C.T compound
(Sakura Finetek Inc., Torrance, CA, USA), and cryosectioned
at 30 𝜇m [17]. The sections were stained with haematoxylin
and eosin (H&E) following the standard histology technique,
as previously described [18]. Cell morphology was assessed by
analysis of the H&E stained cross-sections of the PF hydrogel
constructs. Digital micrographs were taken at 10x objective
lens magnification and percentage of cellular aggregation
was analyzed using ImageJ software (NIH, Bethesda, MD)
and expressed as the percentage of total number of cells, as
previously described [19]. Two to three random sections were
analyzed for each sample (𝑛 = 2-3 samples per gel type).
2.8. Real-Time RT-PCR. For real-time reverse transcriptase
polymerase chain reaction (RT-PCR), PF hydrogels were
casted in cylinder molds with 1 × 106 /mL DPSCs. Total
RNA of DPSCs was extracted by NucleoSpin RNA extraction
kit (Macherey-Nagel, Germany). Purified RNA was then
transcribed to cDNA by iScript cDNA synthesis kit (Biorad,
Hercules, CA, USA). For PCR reaction, 2X iScript one-step
RT-PCR reagent (Biorad) was mixed with cDNA templates
and primers. The RT-PCR reactions were performed in CFX
Connect real-time PCR machine (Biorad) at 95∘ C for 3 min
followed by 40 cycles of 10 s denaturation at 95∘ C and 30 s
annealing at 55∘ C. For all experiments, glyceraldehyde-3phosphate dehydrogenase (GAPDH) was used as internal
reference gene and 3 samples (𝑛 = 3 samples per gel type)
were assigned in each group for quantification. The primer
sequences of collagen I (Col I), dentin sialophosphoprotein

(DSPP), dentin matrix protein-1 (DMP-1), osteocalcin (OC),
and GAPDH are detailed in Table 1.
2.9. Calcium Assay and DNA Quantification. Calcium assay
and DNA quantification required lysis of PF hydrogels and
the encapsulated DPSCs. After differentiation for 3 weeks,
samples were transferred to 1.5 mL microtubes containing
PBS with 0.2% Tween 20 (Sigma) for lysis. After incubation
at 37∘ C for 2 h, the lysed samples were stored at −20∘ C for
subsequent assays. For measurements of calcium and DNA
amounts, calcium assay (Cayman, Ann Arbor, MI, USA) and
PicoGreen dsDNA quantification assay (Life Technologies)
were performed, respectively, according to the manufacturers’ instructions. Readings were taken using the Infinite 2000
plate reader (Tecan, Austria). The amount of calcium present
in each sample was normalized to the corresponding DNA
amount.
2.10. Statistical Analysis. The data were reported as mean
± standard deviation (SD). Analysis of variance (ANOVA)
and Fisher’s protected least squares difference (PLSD) post
hoc testing were performed using StatView software (SAS
Institute Inc., Cary, NC, USA). Statistical significance was set
as 𝑃 < 0.05.

3. Results
3.1. Hydrogel Characterization. The amount of additional
PEG-DA cross-linker (from 0 to 2.5 wt %) was varied to form
PEG-fibrinogen (PF) hydrogels of four different cross-linking
degrees (PF-0, PF-0.5, PF-1.5, and PF-2.5), respectively, which
spanned a range of mechanical and swelling properties.
The formation of PF hydrogels was evaluated using oscillatory rheometry which measures the shear storage modulus
(𝐺 ) and loss modulus (𝐺 ) against the shear strain. The gel
point, defined as the crossover of 𝐺 and 𝐺 , was employed to
evaluate the gelation rate of the hydrogel. As summarized in
Table 2, the peak values of 𝐺 that represented the stiffness of
the fully cross-linked hydrogel were tunable by the amount of
PEG-DA added to the precursor solutions. The addition of 0,
0.5, 1.5, and 2.5 wt % PEG-DA resulted in mean peak 𝐺 values
of 140 ± 2, 454 ± 13, 1574 ± 21, and 3601 ± 47 Pa, respectively.
This change in 𝐺 with increasing PEG-DA percentage proved
to be statistically significant (𝑃 < 0.0001, power = 1). Also,
the gel point of the hydrogels ranged from 11.4 to 23.4 s with
increasing amount of PEG-DA. In addition, the time required
for 𝐺 to reach the peak and then plateau also increased
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Table 2: Characterization of PEG-fibrinogen (PF) hydrogelsa .

Gel type
PF-0
PF-0.5
PF-1.5
PF-2.5

𝐺 (Pa)
140.1 ± 1.8
453.8 ± 12.6
1574 ± 21.2
3601 ± 46.5

% PEG-DA
0
0.5
1.5
2.5

Gel point (s)b
11.4 ± 0.2
11.5 ± 0.1
17.4 ± 2.6
23.4 ± 2.5

Time required to reach 𝐺 plateau (s)
38.2 ± 0.2
51.7 ± 0.1
82.6 ± 0.1
127.4 ± 4.5

Measurements were taken at room temperature in the time-sweep oscillatory mode with a sinusoidal 2% strain rate and a 6 rad s−1 angular frequency (Mean
± SD; 𝑛 = 3).
b
Gel point is defined as the time at which the crossover of storage modulus (𝐺 ) and loss modulus (𝐺 ) occurred. Herein, it is used as an indicator of the rate
of gelation.
a

60

∗

∗∗

Swelling ratio

∗

40

20

0
PF-0

PF-0.5

PF-1.5

PF-2.5

Figure 1: Swelling ratio of PF hydrogels (PF-0, PF-0.5, PF-1.5,
and PF-2.5) cross-linked with 0, 0.5, 1.5, and 2.5% of PEG-DA,
respectively. Mean ± SD: 𝑛 = 3/group. Analysis revealed significant
effects of cross-linking by the addition of PEG-DA on the swelling
ratio (∗ 𝑃 < 0.05).

significantly with the increase in PEG-DA percentage (𝑃 <
0.0001, power = 1). These results indicate that the addition
of PEG-DA cross-linker allows for a higher degree of PF
hydrogel cross-linking that results in higher modulus but
also requires longer times for completion of the cross-linking
process.
The addition of PEG-DA cross-linker significantly
decreased the swelling ratio (𝑃 < 0.05, power = 0.71),
as shown in Figure 1. Notably, the swelling ratio decreased
from 42 ± 7.5 in PF-0 to 29.3 ± 0.8 in PF-2.5 hydrogel.
These results indicate that an inverse correlation exists
between the amount of additional PEG-DA and the swelling ratio, whereby hydrogels with higher PEG-DA concentration induce less swelling due to higher network cross-linking
degree with a smaller mesh size.
3.2. DPSC Viability and Cell Shape Changes in PF Hydrogels.
DPSCs were encapsulated within PF hydrogels (PF-0, PF0.5, PF-1.5, and PF-2.5) during photopolymerization to create
3D cell-seeded constructs. Cellular viability was assessed
using live/dead staining after 1 day and 7 days in culture
(Figure 2(a)). Viability, assessed by live/dead staining 1 day
after encapsulation, indicated high viability (>90%) of DPSCs
encapsulated in PF-0, with an observable trend of decreasing cellular viability with increasing percentage of PEG-DA
cross-linker. Approximately 15% cell death was observed in

PF-2.5 hydrogels (Figure 2(b)). By day 7 of culture, greater
than 85% viability was observed in all hydrogels, although
there seemed to have a slight decrease in cell number, possibly
due to cell aggregation.
In PF-0 and PF-0.5 hydrogels, cells were initially rounded
but rapidly became spindled within 24 h (Figure 2(a)). By day
7 in culture, most of the DPSCs became highly spindled. A
small number of cell clusters with spindle-like cytoplasmic
extensions could also be observed. Notably, DPSCs remained
spindled in PF-0 and PF-0.5 hydrogels for the duration of
time in culture (Figure 3). Conversely, in PF-1.5 and PF2.5 hydrogels, DPSCs exhibited fewer cell extensions and a
decreased spindled morphology. Evidently, as revealed in the
histological cross-sections of the gel constructs, cells were
less able to form extensions in the dense polymer network
containing the additional PEG-DA cross-linker (PF-1.5 and
PF-2.5) and remained mostly rounded in aggregates for the
duration of 21-day culture (Figure 3(a)). Quantitative analysis
further indicated a relationship between the degree of crosslinking and the extent of cell aggregation (Figure 3(b)). By
the end of 21-day culture, the highest cross-linked PF-2.5
hydrogels exhibited the highest percentage of cell aggregation
(88.6 ± 9.8%). With increase in gel cross-linking, there was
a significant increase in percentage of cell aggregates (Figure 3(b)). One-factor ANOVA revealed significant effect of
gel cross-linking on the extent of cell aggregation (𝑃 <
0.0001, power = 1).
3.3. DPSC Differentiation and Mineralization in PF Hydrogels.
The effect of the mechanical properties of the tunable 3D PF
hydrogels on the differentiation of DPSCs under odontogenic
conditions over a 21-day time course was assessed (Figure 4). The expression levels of genes related to the odontogenic differentiation of DPSCs, including Col I, DSPP, DMP-1,
and OC, were measured using quantitative real-time RT-PCR
at days 7 and 21 of differentiation (Figure 4). The expression
level of Col I gene was highest in PF-0 hydrogels at day 7
of differentiation and increased with culture time. By day
21 of differentiation, gene expression level of Col I in PF0 hydrogel was approximately 13-fold higher than that in
PF-2.5 hydrogel (Figure 4(a); 𝑃 < 0.001). By contrast, the
expression level of Col I gene was consistently the lowest
in PF-2.5 hydrogels at different time points (Figure 4(a)).
There were no significant differences in gene expression levels
of DSPP and DMP-1 among the PF hydrogels at day 7 of
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Figure 2: Cytocompatibility of PF hydrogels (PF-0, PF-0.5, PF-1.5, and PF-2.5) as a function of degree of cross-linking after 1 and 7 days of
culture. (a) Representative live/dead images of DPSC-laden PF hydrogels at days 1 and 7 of culture, with live cells stained green and dead cells
shown in red (𝑛 = 3/group/time point; scale bar = 200 𝜇m). (b) Percentage of cell viability of DPSCs at days 1 and 7 of culture. Mean ± SD:
𝑛 = 3, 2-3 images/gel sample. ∗ 𝑃 < 0.05, Fisher’s post hoc test.
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Figure 3: Effect of hydrogel degree of cross-linking on morphology of encapsulated DPSCs. (a) Representative images of DPSC-laden PF
hydrogels following 21 days of culture (𝑛 = 3; scale bar = 100 𝜇m). (b) Percentage of cell aggregation after 21 days of culture. Mean ± SD: 𝑛 = 3,
2-3 images/gel sample. ∗∗∗ 𝑃 < 0.001, Fisher’s post hoc test.
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Figure 4: Odontogenic differentiation of encapsulated DPSCs in PF hydrogels (PF-0, PF-0.5, PF-1.5, and PF-2.5) as a function of degree of
cross-linking and culture time. Relative gene expression levels of Col I, DSPP, DMP-1, and OC were determined with respect to the day 0
expression level and presented as bar graphs using logarithmic scales. Mean ± SD: 𝑛 = 3/group/time point. ∗ 𝑃 < 0.05, ∗∗ 𝑃 < 0.01, and
∗∗∗
𝑃 < 0.001, Fisher’s post hoc test.

differentiation (Figures 4(b) and 4(c)). However, by day 21
of differentiation, the gene expression levels of DSPP and
DMP-1 increased in PF hydrogels with higher % PEG-DA
and were the highest in PF-2.5 hydrogels (Figures 4(b) and
4(c)). Notably, gene expression levels of DSPP and DMP-1 in
PF-2.5 hydrogels were approximately 1800-fold (𝑃 < 0.001)
and 150-fold (𝑃 < 0.001) higher than that in PF-0 hydrogels,
respectively. The gene expression levels of OC were higher
in PF hydrogels with added PEG-DA (0.5, 1.5, and 2.5%) at
day 7 of differentiation (Figure 4(d)). However, by day 21 of
differentiation, the gene expression levels of OC in PF-0.5 and
PF-1.5 hydrogels decreased to basal levels comparable to that

in PF-0 hydrogel, while gene expression level of OC in PF2.5 increased with culture time. Notably, the gene expression
of OC in PF-2.5 hydrogel was at least 5-fold higher than the
other PF hydrogels (Figure 4(d); 𝑃 < 0.001).
The mineralization in hydrogel scaffolds was examined using Alizarin red staining and calcium quantitative
assay (Figure 5). Calcium quantification revealed significantly higher levels of calcium deposition in PF hydrogels
with higher % PEG-DA (Figure 5(a)). One-factor ANOVA
revealed significant effect of gel cross-linking on the extent of
calcium deposition (𝑃 < 0.0001, power = 1). By the end of 21day differentiation, the DNA content (number of DPSCs) was
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Figure 5: Calcium quantification of encapsulated DPSCs in PF hydrogels (PF-0, PF-0.5, PF-1.5, and PF-2.5) as a function of degree of crosslinking after 21 days of culture. (a) Total calcium content per gel construct. (b) DNA content per gel construct. (c) Calcium content per cell
based on the amount of calcium normalized by the DNA content in the construct. Mean ± SD: 𝑛 = 3. (d) Alizarin red staining of the DPSCladen gel constructs. Red color indicates calcium deposition. Scale bar = 500 𝜇m. ∗ 𝑃 < 0.05, ∗∗ 𝑃 < 0.01, and ∗∗∗ 𝑃 < 0.001, Fisher’s post hoc
test.

the lowest in the highest cross-linked PF-2.5 hydrogel (Figure 5(b)). When normalized by the DNA content, highest
level of calcium content on a per cell basis was observed in
PF-2.5 hydrogel, with a value of at least 3.5-fold higher than
the values for the other PF hydrogels (Figure 5(c); 𝑃 < 0.001).
This result was further confirmed by Alizarin red staining
(Figure 5(d)) that observed mineralization only in PF-1.5 and
PF-2.5 hydrogels, where cells remained mostly rounded in
aggregates. In contrast, no mineralization was observed in
PF-0 and PF-0.5, where most cells remained spindled.

4. Discussion
The use of injectable and in situ gel-forming systems is particularly attractive for clinical translation of dental pulp regeneration, as they can be easily formulated with growth factors
and cells by simple mixing and can conform to the variable
shape of the pulp chamber, following injection. Therefore,
there has been a surge of interest in the development of

injectable hydrogels in recent years for tissue engineering
[20], particularly dental pulp tissue engineering [8–12].
In the design of the scaffold for dental pulp tissue
engineering, several parameters including the matrix composition and architecture have been reported to influence
adhesion, proliferation, and differentiation of dental stem
cells and progenitors. While most studies [11, 12, 16] focus
on modification of the scaffold to enhance odontogenic
differentiation and biomineralization, the influence of matrix
stiffness on the differentiation of DPSCs is still largely unclear.
Separately, several studies have reported the influence of
matrix stiffness on modulation of cell fate of a wide variety
of cell types including stem cells [21–26]. In particular, in a
landmark study, Engler et al. demonstrated that the elasticity
of the matrix influences the differentiation of MSCs into
neurons, myoblasts, and osteoblasts in ascending order of
stiffness, with the stiffest matrices supporting MSC differentiation to osteoblasts [21]. Thus, it is the goal of this study
to investigate the effects of varying hydrogel cross-linking
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degrees and corresponding matrix stiffness on the differentiation of DPSCs using a tunable hydrogel system.
Previous studies utilizing natural biopolymer gels (collagen, Matrigel, PuraMatrix, and hyaluronic acid) do not
provide a means to tune the mechanical properties independently from matrix composition that confers biofunctional
properties of adhesion and proteolytic sensitivity [8, 9, 12].
The semisynthetic PEG-fibrinogen (PF) hydrogel was particularly useful for this study because the mechanical properties
are tunable by the addition of cross-linker (PEG-DA) that
controls the hydrogel cross-linking degree, while maintaining
a constant fibrinogen backbone. This unique feature allows us
to investigate the effects of mechanical properties of hydrogel
on DPSC differentiation systematically and independently.
In general, PF hydrogels were cytocompatible with
DPSCs, although there was a slight decrease in cell viability
with increasing cross-linking degree and matrix stiffness.
Distinct differences in cell morphology of DPSCs could be
observed in PF hydrogels with varying cross-linking degrees.
Evidently, cells formed clusters with spindle-like cytoplasmic
extensions within the lower cross-linked PF hydrogels (PF0 and PF-0.5), which is frequently observed as a common
feature of these cells in soft matrices such as the PuraMatrix
[8, 9]. The ability to spread and elongate may also relate
to the ability of the cells to secrete fibrinolytic enzymes
to break apart the hydrogel network more readily in the
lower cross-linked hydrogels than in the higher cross-linked
counterparts [27]. Conversely, cells tended to be rounded
and forming aggregates confined within the dense polymer
network of the higher cross-linked hydrogels (PF-1.5 and PF2.5). It is well known that cell morphology and function
are tightly coupled [28]. Notably, lower cross-linked matrices
that induced spindle-like elongation of DPSCs resulted in
more pronounced gene expression of Col I. Although Col I
is one of the extracellular matrix (ECM) components of the
demineralized dentin, it is also a major collagenous ECM
protein present in many other tissues. With the concomitant
upregulation in Col I but downregulation of other odontogenic markers including DSPP, DMP-1, and OC, there is
likelihood that DPSCs were guided by the softer matrices
to differentiate to lineages other than the odontoblasts and
osteoblasts.
On the other hand, the higher cross-linked stiffer hydrogels (PF-1.5 and PF-2.5) tested in this study, with a 𝐺 ranging
from 1500 to 3600 Pa, generally favored odontoblastic differentiation of DPSCs. The PF-2.5 hydrogel constructs at a
stiffness of 𝐺 ∼3600 Pa induced the highest gene expression
of DSPP, DMP-1, and OC by the end of 21-day differentiation.
It is likely that the heightened odontogenic/osteogenic differentiation is a result of the DPSCs forming cell aggregates
and mechanosensing the stiffer matrix that has been shown in
previous studies to promote stem cell osteogenesis [29, 30].
Consistent with the gene expression results, mineralization
was only observed in higher cross-linked PF-1.5 and PF2.5 hydrogels, with the latter showing the most robust
mineralization. Of interest, there was a strong correlation
between cellular aggregation denoted by the percentage of
rounded cells and the extent of calcium deposition (linear
regression analysis; 𝑅2 > 0.92).

Stem Cells International
With the lowest relative cell number by the end of 21-day
differentiation, it is likely that cellular aggregation observed
in the highest cross-linked PF-2.5 hydrogel promoted odontogenic differentiation but lesser extent of proliferation.
Nevertheless, a more thorough and quantitative assessment
would be necessary for a more complete characterization of
the cellular proliferation during the course of differentiation.
Collectively, the injectable PF hydrogels are cytocompatible with DPSCs, and the hydrogel mechanical properties (i.e.,
cross-linking degree and matrix stiffness) and biofunctional
properties conferred by fibrinogen could be tuned to provide a supportive biomimetic cellular microenvironment for
odontogenic differentiation. These results suggest a possible
use of these hydrogels as scaffolds for dentin-pulp tissue
engineering and regeneration. To the best of our knowledge,
this work represents the first demonstration of the influence
of matrix stiffness on DPSC odontogenic differentiation in 3D
tunable hydrogels. Further studies through tooth slice organ
culture [31] and in vivo transplantation studies [9, 32] would
be needed to assess if these hydrogels are supportive of the
formation of new tubular dentin and pulp tissue complex for
dental pulp regeneration.

5. Conclusions
Injectable, in situ forming hydrogels are particularly attractive
for dental pulp tissue engineering, as they can be easily
formulated with growth factors and cells by simple mixing,
and can conform to the pulp chamber following injection. In
this study, we investigated the use of injectable PF hydrogels
as scaffold carriers for DPSCs for dental pulp tissue engineering and provided strong evidence that the tunable 3D
microenvironment of the PF-hydrogels modulates odontogenic differentiation and mineralization of human DPSCs.
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Calcium phosphate- (CaP-) based composite scaffolds have been used extensively for the bone regeneration in bone tissue
engineering. Previously, we developed a biomimetic composite nanofibrous membrane of gelatin/𝛽-tricalcium phosphate (TCP)
and confirmed their biological activity in vitro and bone regeneration in vivo. However, how these composite nanofibers promote
the osteogenic differentiation of bone marrow mesenchymal stem cells (BMSCs) is unknown. Here, gelatin/𝛽-TCP composite
nanofibers were fabricated by incorporating 20 wt% 𝛽-TCP nanoparticles into electrospun gelatin nanofibers. Electron microscopy
showed that the composite 𝛽-TCP nanofibers had a nonwoven structure with a porous network and a rough surface. Spectral
analyses confirmed the presence and chemical stability of the 𝛽-TCP and gelatin components. Compared with pure gelatin
nanofibers, gelatin/𝛽-TCP composite nanofibers caused increased cell attachment, proliferation, alkaline phosphatase activity,
and osteogenic gene expression in rat BMSCs. Interestingly, the expression level of the calcium-sensing receptor (CaSR) was
significantly higher on the composite nanofibrous scaffolds than on pure gelatin. For rat calvarial critical sized defects, more
extensive osteogenesis and neovascularization occurred in the composite scaffolds group compared with the gelatin group. Thus,
gelatin/𝛽-TCP composite scaffolds promote osteogenic differentiation of BMSCs in vitro and bone regeneration in vivo by activating
Ca2+ -sensing receptor signaling.

1. Introduction
Calcium phosphate (CaP) ceramic materials have been used
traditionally in research into bone regeneration and clinical
repair of bone defects because of their favorable biocompatibility and osteoconductivity [1–3]. However, the use of
CaP ceramic materials alone is limited because of their
brittleness and low plasticity [4]. To overcome these shortcomings, polymer materials have been introduced to form
composite scaffolds to improve bone defect repair efficiency
and clinical applicability of CaP materials [5–7]. A variety

of composite scaffolds combining CaP materials and natural
or synthetic polymers have been produced by different
preparation technologies. Among them, the electrospinning
technique has received increasing attention in regenerative
medicine because of its attractive features, such as producing ultrafine fibers that mimic physically the natural bone
extracellular matrices (ECM) at the nanoscale [8–10] and
the surface morphology, architecture, and performance of
these fibers can be modulated by modifying the composition
or content of the components [11–13]. Thus, in the field of
bone tissue engineering, it is a rational strategy to develop
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composite scaffolds with nanofibrous structures to recapitalize the extracellular matrix of bone.
In recent years, electrospun CaP/polymer nanofibrous
composites have been recognized as beneficial for the
attachment, proliferation, and osteogenic differentiation of
osteoblasts [14–16], as well as improving the efficiency of bone
defect repair [10, 17, 18]. However, the mechanism behind the
supportive function of these scaffolds is poorly understood.
Recently, Liu et al. reported that nanofibrous hydroxyapatite/
chitosan (nHAp/CTS) scaffolds could induce osteogenesis of
bone marrow mesenchymal stem cells (BMSCs) through the
activation of the bone morphogenetic protein (BMP)/Smad
pathway [19]. However, for biodegradable composite materials containing CaP ceramics, understanding how calcium
ions released from these nanofibers microenvironment influence the osteogenic differentiation of MSCs in situ is of crucial
importance for optimizing the design of scaffold materials
for bone regeneration applications. Extracellular calcium ions
are important to enhance the proliferation and phenotype
expression of osteoblast cells [20, 21]. Previous reports
showed that the effect of calcium ions on the osteogenic
differentiation of osteoblast-like cells MC3T3-E1 [22] or
human adipose-derived stem cells [23] is concentrationdependent.
Previously, we successfully prepared gelatin/𝛽-TCP composite nanofibers with different contents of 𝛽-TCP nanoparticles using the electrospinning technique. The results demonstrated that attachment, spreading, proliferation, and differentiation of human osteosarcoma MG-63 cells increased with
increasing content of 𝛽-TCP nanoparticles and continuous
release of Ca2+ into the medium [24]. In addition, composite
nanofibers with a high content of 𝛽-TCP led to significant
bone formation compared with that of the pure electrospun gelatin scaffolds [25]. However, how these composite
nanofibers promote the osteogenic differentiation of BMSCs
is largely unknown.
The objective of the present work was to analyze the
effect of electrospun gelatin/𝛽-TCP composite nanofibers on
the osteogenic differentiation of rat BMSCs and examine
the underlying mechanism in vitro and in vivo. Initially, we
assessed the cell attachment, proliferation, and spreading
and alkaline phosphatase (ALP) activity of rat BMSCs on
gelatin/𝛽-TCP compared with pure gelatin nanofibers. We
then detected mRNA levels of osteogenic specific genes
and calcium-sensing receptor (CaSR) as a calcium-signaling
molecule. Subsequently, we investigated the efficacy of
gelatin/𝛽-TCP to induce new bone regeneration and related
CaSR expression by surgically creating a critical-sized calvarial defects model in rats.

2. Materials and Methods
2.1. Preparation of Electrospun Nanofibers. The detailed procedure for the electrospinning of gelatin/𝛽-TCP solution is
shown in Figure 1 and described in our previous work [24].
Firstly, a defined amount of 𝛽-TCP nanoparticles (average
particle size = 200 nm, Rebone Biomaterials Co., Shanghai,
China) was dispersed in deionized water containing 2% w/v
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Figure 1: Schematic diagram of the composite nanofibers fabrication process.

sodium citrate. Then 20% (w/v) of gelatin (pH 4.5–5.5, Bloom
Number 240–270, Amresco, USA) was added into the 𝛽TCP suspension solution. The contents of 𝛽-TCP were set as
20 wt% of the gelatin. Electrospinning was then performed
using the following variables: applied voltage 20 kV, solution
feeding rate 0.3 mL/h, collecting distance 12 cm, and ambient
conditions of 40∘ C. To prepare scaffolds for cell culture,
the electrospun nanofibrous membranes were chemically
cross-linked according to our previous research [24]. All
electrospun samples were dried for over 3-4 days in a vacuum
oven to remove any potential residual solvents.
2.2. Characterization of Electrospun Nanofibers. The surface morphology and internal structure of the composite
nanofibers were observed using a scanning electron microscope (SEM; Hitachi S-4700, Tokyo, Japan). The distribution
of 𝛽-TCP nanoparticles in the gelatin nanofiber matrix was
investigated by transmission electron microscopy (TEM)
using a Hitachi H-800 machine. The crystal and chemical
structures of the composite nanofibers were examined by Xray diffraction (XRD; Rigaku D/max 2500 VB2+/PC, Japan)
and Fourier transform infrared spectroscopy (FTIR; Nicolet
8700, USA) spectrometry, respectively.
2.3. Attachment and Proliferation of rBMSCs. Rat BMSCs
(5 × 104 cells/well) were seeded onto experimental scaffolds
in 12-well plates and incubated at 37∘ C in a humidified
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Table 1: Primer sequences used for real time RT-PCR.

Target gene
RUNX-2
COL1A1
BMP-2
OCN
CaSR
GAPDH

Forward primer sequence (5 -3 )
GAGATTTGTAGGCCGGAGCG
TGGTTTCCCTGGTGCTGC
TGCTCAGCTTCCATCACGAAG
GACCCTCTCTCTGCTCACTCTG
TTCGGCATCAGCTTTGTG
GGTCGGTGTGAACGGATTTGG

atmosphere with 5% CO2 . After 1 day of culture, the samples were fixed in 2.5% glutaraldehyde and serially dehydrated with an increasing ethanol gradient, air-dried in a
hood, and sputtered with gold before observation under
SEM (S-3000N, Hitachi, Japan). Cytoskeletal organization
was observed under a confocal laser scanning microscope
(CLSM; FluoView-300, Olympus, Tokyo, Japan). Nuclei were
stained with 4 ,6-diamidino-2 -phenylindole (DAPI; Vector
Laboratories, Burlingame, CA, USA) and actin filaments
were stained with rhodamine phalloidin (Molecular Probes,
Eugene, OR, USA) after culturing for 24 h. The cell spreading
areas were measured using Image J software (National Institutes of Health, Bethesda, MD, USA) employing a random
sampling method. Cell proliferation was assayed using a
CCK-8 kit (Dojindo, Japan) at 1 day, 3 days, and 7 days
of culture, with the absorbance being read at a wavelength
of 450 nm, using an enzyme linked immunosorbent assay
reader (Bio-Rad, Hercules, CA, USA).
2.4. Alkaline Phosphatase (ALP) Activity Assay. Rat BMSCs/
scaffolds (𝑛 = 6) were continually cultured in wells supplemented with osteogenic medium containing 50 mg/mL
ascorbic acid-2-phosphate, 100 nM dexamethasone, and
10 mM 𝛽-glycerolphosphate. At 4, 7, and 14 days, the ALP
activity of the adherent cells was assessed using an Alkaline
Phosphatase Assay Kit (Abcam, Cambridge, MA), according
to the manufacturer’s instructions. The absorbance was measured at a wavelength of 405 nm, and values of ALP activity
were read off a standard curve based on standard samples
provided in the kit.
2.5. Quantitative Real-Time PCR Analysis. After osteogenic
induction culturing for 7, 14, and 21 days, total RNA was
extracted from each sample using the TRIZOL reagent
(Gibco-BRL, Gaithersburg, MD, USA), following the manufacturer’s instructions. The RNA was then reverse transcribed to generate cDNA using the Reverse Transcription
System (Promega, Madison, WI, USA). Real-time RT-PCR
was performed using the SYBR Green Detection System
with an ABI PRISM 7500 Real-Time PCR System (Applied
Biosystems, Foster City, CA, USA). All reactions were carried
out in triplicate. The primer sequences of the osteogenic
genes, including runt-related transcription factor 2 (RUNX2), collagen type I (COL1A1), bone morphogenetic protein-2
(BMP-2), osteocalcin (OCN), and calcium-sensing receptor
(CaSR), are listed in Table 1.

Reverse primer sequence (5 -3 )
CCCTAAATCACTGAGGCGGT
GGGACCAACTTCACCAGGAC
TCTGGAGCTCTGCAGATGTGA
GCTCCAAGTCCATTGTTGAGG
TGAAGATGATTTCGTCTTCC
GCCGTGGGTAGAGTCATACTGGAAC

2.6. Animals and Surgical Procedures. Twelve 8-week-old
male Sprague-Dawley rats were used in this study. The
experimental protocol was approved by the Animal Care
and Use Committee of Peking University. To establish the
calvarial defect model, the rats were anesthetized intraperitoneally with phenobarbitol sodium (100 mg/kg) and the
dorsal cranium was exposed. Two critical-sized full thickness
bone defects (5 mm diameter) were prepared in each rat at the
center of each parietal bone, using a saline-cooled trephine
drill (Figure 2). Each defect was flushed with saline to remove
bone debris. The left defects were implanted with gelatin/𝛽TCP composite nanofibrous scaffolds and the right defects
were implanted with pure gelatin nanofibrous scaffolds as a
control. The whole calvarias were harvested for evaluation 4
and 12 weeks after implantation.
2.7. Microcomputed Tomography (Micro-CT) Scanning Evaluation. At 4 and 12 weeks after implantation, calvaria samples
were harvested intact and fixed in 4% paraformaldehyde for
24 h at 4∘ C. The specimens were examined using micro-CT
scanning, as previously described [26]. Files were reconstructed using a modified Feldkamp algorithm, which was
created using microtomographic analysis software (Tomo
NT; Skyscan, Belgium). After three-dimensional (3D) visualization, bone morphometric analyses, including calculation
of bone mineral density (BMD) and bone volume fraction
(Bone volume/total volume, BV/TV), were carried out on the
region of interest (ROI).
2.8. Histological Analysis. Tissue processing and sectioning
were carried out as previously described [26]. Briefly, tissue
samples were fixed in 10% neutral buffered formalin for
7 days, decalcified and dehydrated according to standard
protocols, embedded in paraffin, and sectioned at 5 𝜇m thickness. Hematoxylin and eosin (H&E) staining and Masson’s
trichrome staining were performed separately on tissue sections, according to the manufacturer’s protocols, and images
were captured under a light microscope (CX21, Olympus,
Japan).
2.9. Immunohistochemical Analysis. Immunohistochemistry
for OCN and CaSR was performed as previously described
[27, 28]. Briefly, tissue slides were deparaffinized and rehydrated and then submerged in hydrogen peroxide to quench
peroxidase activity. Before exposure to the primary antibody against OCN (ab13420, CA 1 : 100, Abcam) and CaSR
(ab19347, CA 1 : 100, Abcam), slides were incubated with 1%
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Figure 2: The establishment of rat calvarial defect model. (a) The diameter of the bone defect region was about 5 mm. (b) The nanofibrous
scaffold was implanted into the bone defect region. The arrows denote the surgical site.

BSA to block nonspecific binding. After incubation with the
primary antibody overnight at 4∘ C, HRP conjugated secondary antibody was applied to the slides for 1 hour at room
temperature. Finally, a diaminobenzidine (DAB; Beyotime,
Jiangsu, China) kit was used to develop the color, followed
by counterstaining with hematoxylin. Slides were observed
under a light microscope (CX21, Olympus, Japan). OCN and
CaSR expression within the defect area was quantified using
a web application ImunoRatio [29].
2.10. Statistical Analysis. All quantitative data were expressed
as means ± standard deviation (SD). Statistical analyses
were performed using the SPSS 19.0 software (Chicago, IL).
Statistical differences were determined using Student’s t-test
for independent samples. Differences between groups of ∗ 𝑃 <
0.05 were considered statistically significant and ∗∗ 𝑃 < 0.01
was considered highly significant.

3. Results and Discussion
3.1. Characteristics of Electrospun Gelatin/𝛽-TCP Composite
Nanofibers. Figure 1 shows the morphology of electrospun
gelatin and gelatin/𝛽-TCP composite nanofibers. All the
electrospun nanofibers showed a nonwoven structure, with
an interconnected porous network. Pure gelatin nanofibers
were continuous, smooth, and homogeneous (Figure 3(a)).
Composite nanofibers had a rough surface because of the
incorporation of 𝛽-TCP nanoparticles (Figure 3(c)). It has
been reported that a rough nanofiber surface created by
apatite particles could promote cell adhesion, proliferation,
and osteogenic differentiation of bone-forming cells [30]. It
could be inferred that the 𝛽-TCP nanoparticles were embedded in the nanofibers, which was confirmed by the TEM
image (the inset of Figure 3(c)). Gelatin is water-soluble, so
gelatin/𝛽-TCP composite nanofibers must be cross-linked
before being subjected to cell culture. To illustrate the crosslinking effect of the nanofibers, we observed the surface and
side of the nanofibrous scaffolds. The nanofibers were curled
and conglutinated with each other throughout the scaffolds

(the insets of Figures 3(b) and 3(d)) after being cross-linked.
The diameter of the fibers increased clearly because the fibers
swelled during the cross-linking treatment, while the pore
size decreased significantly in comparison with the noncrosslinked samples.
Figure 4(a) shows the XRD pattern of composite
nanofibers. The diffraction peaks of 𝛽-TCP could be observed
in the gelatin/𝛽-TCP composite nanofibers. Meanwhile, the
structure of gelatin was not affected by the incorporation of
𝛽-TCP and the electospinning process. Their presence and
chemical stability was further confirmed by the FT-IR spectra
shown in Figure 4(b). The absorption bands corresponding to
both gelatin (amide group: ∼1650, 1550, and 1250 cm−1 ) and
𝛽-TCP (PO4 3− : 950–1100 and 550–620 cm−1 ) were detected
clearly. In our previous study, electrospun gelatin/𝛽-TCP
composite nanofibers with 20 wt% 𝛽-TCP possessed remarkable effects in terms of the bioactivity of osteoblasts-like
MG-63 cells in vitro [24] and guided bone regeneration in
vivo [25]. Therefore, in this study, gelatin/𝛽-TCP composite
nanofibers with 20 wt% 𝛽-TCP were employed to further
investigate that how the process of osteogenic differentiation
of BMSCs and bone defects repair in situ was promoted by
these composite nanofibers.
3.2. Composite Nanofibers Enhanced In Vitro Bioactivity of
rBMSCs. Figures 5(a) and 5(b) show the SEM and CLSM
images of rBMSCs after seeding on the cross-linked gelatin
and gelatin/𝛽-TCP nanofibrous scaffolds for 24 h. Generally,
cells attached onto the scaffolds displayed a flat and wellspread morphology, and the actin filaments were organized in
well-defined stress fibers throughout the cells. Interestingly,
rBMSCs seeded on composite nanofibrous exhibited more
apparent cellular processes (Figure 5(b) and the inset), as
well as a larger cell spreading area (Figure 5(c)) compared
with cells grown on pure gelatin nanofibers. This was largely
related to the increased surface roughness caused by the
incorporation of 𝛽-TCP nanoparticles and subsequently
enhanced protein absorption ability, as confirmed by our
previous research [24]. The cell proliferation rate on the
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Figure 3: SEM images of electrospun nanofibers before ((a) and (c)) and after cross-linking ((b) and (d)). ((a) and (b)) Gelatin nanofibers; ((c)
and (d)) gelatin/𝛽-TCP composite nanofibers. The insets in (b) and (d) show the sections of cross-linked gelatin nanofibers and gelatin/𝛽-TCP
composite nanofibers, respectively. The TEM image of a gelatin/𝛽-TCP composite nanofibers is denoted by a black arrow in (c).
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Figure 4: XRD (a) and FT-IR (b) patterns of gelatin/𝛽-TCP composite nanofibers.

composite nanofibrous scaffolds was also higher than that
of pure gelatin (Figure 5(d)). However, cell proliferation rate
became decreased on the composite scaffolds and showed no
significant difference compared to that of the pure gelatin

group on the 7th day. This slight proliferation suppressive
effect is possibly related to the differentiation tendency of
rBMSCs, because there is a reciprocal relationship between
cell proliferation and differentiation [31].
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Figure 5: In vitro bioactivity of rBMSCs on nanofibrous scaffolds. ((a) and (b)) SEM images of rBMSCs seeded on (a) gelatin and (b) gelatin/𝛽TCP composite scaffolds after 24 h of culture. Insets show representative images of the cytoskeleton. (c) Proliferation of rBMSCs grown on
various scaffolds as assessed by a CCK-8 assay. (d) The measured cell spreading areas. (e) Alkaline phosphatase (ALP) activity of rBMSCs
cultured on various scaffolds at 4, 7, and 14 days.

Stem Cells International
COL1A1

16

8

∗
∗

6
4
2

Relative mRNA levels

14

10

∗

12

∗

10
8
6
4

Day 14

Day 21

Day 7

Gelatin
Gelatin/𝛽-TCP

Day 14

CaSR

250

∗

30
20
10
0

Relative mRNA levels

30
20

Day 7

Day 21

Day 7

Day 14

Day 21

Day 14

Day 21
GAPDH

∗∗

200

RUNX-2

150
100

COL1A1

∗

BMP-2

∗

OCN

50

CaSR

Gelatin
Gelatin/𝛽-TCP

Day 21

Gelatin/𝛽-TCP

Day 14

Gelatin

Day 7

Gelatin/𝛽-TCP

Gelatin
Gelatin/𝛽-TCP

Day 21

Gelatin

Day 14

Gelatin/𝛽-TCP

0
Day 7

Gelatin

Relative mRNA levels

∗∗

60
40

∗

40

Gelatin
Gelatin/𝛽-TCP

70
50

50

Gelatin
Gelatin/𝛽-TCP

OCN

80

60

0

0
Day 7

∗∗

70

10

2

0

BMP-2

80
Relative mRNA levels

RUNX-2

12
Relative mRNA levels

7

Figure 6: The mRNA expression levels and gel panels of the RT-PCR products of osteogenic genes and CaSR in rBMSCs cultured on
electrospun nanofibrous scaffolds. The relative expression levels are normalized to the reference gene GAPDH and relative to TCPs in the
basic medium.

To evaluate the effect of nanofibers on the early
osteogenic differentiation ability of rBMSCs, ALP activities
were quantified at days 4, 7, and 14 after cell seeding. As
shown in Figure 5(e), higher ALP activity was observed on
the composite nanofibrous scaffolds compared with that
of pure gelatin nanofibers. This may be explained by the
sustained release of calcium ions from biodegradable 𝛽-TCP,
as reported by our previous study [24] and other studies
[32, 33]. These results suggested that electrospun gelatin/𝛽TCP composite nanofibers encouraged enhanced attachment,
well-organized cytoskeleton, improved proliferation, and
high ALP activity of rBMSCs in vitro. Our results are in
line with previous studies demonstrating that electrospun
poly(L-lactic acid) (PLA)/20% TCP accelerates osteogenic
differentiation of human adipose-derived stem cell compared
with neat electrospun PLA scaffolds [33]. Similarly, Lü et al.
reported that the introduction of hydroxyapatite (HA) into
electrospun poly(3-hydroxybutyrate-co-3-hydroxyvalerate)
(PHBV) nanofibers could induce MSCs to differentiate into
osteoblasts [18].

3.3. Composite Nanofibers Upregulated Osteogenesis-Related
Gene Expression and Activated Calcium-Sensing Receptor
Signaling. In our previous study, the Ca2+ release behavior
from composite nanofibers with different 𝛽-TCP contents in
cell culture medium was estimated by refreshing the medium
every 2 days. The results showed that the concentration of
Ca2+ increased with the content of 𝛽-TCP loading and the
highest Ca2+ concentration was reached in 20 wt% 𝛽-TCP
loading [24]. In this work, we further investigated that how
the osteogenic differentiation of BMSCs was promoted by
Ca2+ released from these composite nanofibers. The expression levels of osteogenic genes of rBMSCs on nanofibrous
scaffolds were evaluated in the osteogenic induction culture,
as shown in Figure 6. The transcript levels of RUNX-2,
COL1A1, BMP-2, and OCN on gelatin/𝛽-TCP composite
scaffolds were higher than those on pure gelatin nanofibers.
This promotion effect could be ascribed to the Ca2+ released
from composite nanofibers.
To examine the relation between released Ca2+ and
osteogenic differentiation of BMSCs, we examined the
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Figure 7: Micro-CT analysis of rat calvarial defects repair. ((a) and (b)) Representative 3D 𝜇-CT images of rat calvarial defects at 4 weeks (a)
and 12 weeks (b) after implantation. ((c) and (d)) The quantitative analysis of the bone volume and bone density at 4 weeks (c) and 12 weeks
(d) after implantation. Dashed circles denote the bone defect regions. (∗ 𝑃 < 0.05).

expression of CaSR in rBMSCs. Interestingly, the expression
of CaSR in the composite materials group was significantly
higher than that of pure gelatin group. Agarose gel electrophoresis of the PCR products showed a similar trend in
the quantitative data. This result implied that CaSR may
contribute to osteogenic differentiation of BMSCs mediated
by composite scaffolds containing 𝛽-TCP. CaSR is reported
to act as a sensor, thus transducing the Ca2+ signaling to
intracellular gene expression to regulate cell function [34],
and has been studied extensively in vitro and in vivo [28,
35–37]. However, Barradas et al. suggested that CaSR is
not involved in mediating BMP-2 expression of MSCs in
different concentration of Ca2+ medium [38]. This may be
ascribed to the difference of stimulation approach of Ca2+ .
In our work, the activation of CaSR in promoting osteogenic
differentiation of rBMSCs may be a comprehensive effect

regulated by both the structural property of the nanofibers
and the sustained Ca2+ release.
3.4. Composite Nanofibers Promoted In Vivo Bone Formation.
To investigate the guided bone regeneration ability of electrospun gelatin/𝛽-TCP nanofibrous scaffolds and confirm the
activation of CaSR signaling in vivo, the calvarial defect in
rat was chosen as the experimental animal model because
it is a common model and has been adopted widely by
many researchers [10, 19, 39, 40]. In this work, two circular
(5 mm diameter), full thickness critical defects were made in
the cranium of each rat. Our main goal was to investigate
whether the composite scaffolds had a better guided boneregeneration capacity than the pure gelatin. Therefore, we
treated the left defect with gelatin/𝛽-TCP composite scaffolds and used the right defect implanted with pure gelatin
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Figure 8: Histological analysis of bone formation at ((a)–(d)) 4 weeks and ((e)–(h)) 12 weeks after implantation. ((a), (b), (e), and (f)) H&E
staining; ((c), (d), (g), and (h)) Masson’s trichrome staining; ((a), (c), (e), and (g)) gelatin group; ((b), (d), (f), and (h)) gelatin/𝛽-TCP group.
Black arrows denote the regularly patterned fibrous tissues. (HB: host bone; NB: nascent bone; V: vessels; FT: fibrous tissue). Scale bar =
800 𝜇m (low magnification) and 75 𝜇m (high magnification).

scaffolds as a control. Figure 7 shows the micro-CT analysis
results of rat calvarial defects repair at 4 and 12 weeks
after implantation. Based on the 3D images, nascent bone
formation occurred from the outer margin to the central
region in both groups during the implantation process. More
bone in-growth could be observed in the composite scaffolds
group compared with the pure gelatin group. The whole
defect was almost repaired by bone-like tissue at 12 weeks in
the composite scaffolds group (Figure 7(b)). Quantification
of the bone volume in the defect showed that the gelatin/𝛽TCP composite scaffolds group was significantly elevated
compared with the pure gelatin group (𝑃 < 0.05) at 4 and
12 weeks (Figures 7(c) and 7(d)). The bone density at the two
time points was higher in the gelatin/𝛽-TCP group compared
with that in pure gelatin group but not significantly.
The newly formed tissues within the calvarium defect
were further analyzed by histological staining, as shown in
Figure 8. After implantation for 4 weeks, fibrous tissues were
formed adjacent to the original bone nodules in the pure
gelatin group (Figure 8(a)). Masson staining showed that the
fibrous tissue mainly comprised newly formed collagen fibers
(Figure 8(c)). In the composite scaffolds group, H&E staining
revealed obvious bone structures and abundant vascularization in the middle of the bone defect region (Figure 8(b)),
while Masson staining showed more regularly aligned collagen fibers that filled the bone defect region (Figure 8(d)).
After implantation for 12 weeks, in the gelatin group, H&E

staining revealed the formation of mature bone structures
integrating into the bone defect region (Figure 8(e)). In the
composite scaffolds, H&E staining revealed that significantly
increased bone mass had formed to fill the defect region
(Figure 8(f)). Immunohistochemical analysis showed that the
region implanted with gelatin/𝛽-TCP composite scaffolds
expressed a higher level of OCN than the pure gelatin
groups at 4 and 12 weeks after implantation (Figure 9). Thus,
the quantitative data supported the histological observation
(Figure 9(e)). Collectively, these results indicated that electrospun gelatin/𝛽-TCP composite nanofibers have a positive
effect in guiding bone regeneration. The present results were
consistent with another research [10] and our recent report
[25]. However, it has also been reported that gelatin/𝛽TCP sponges did not significantly improve bone formation
compared with pure gelatin [41]. This discrepancy may reflect
differences in the structure properties of scaffold materials
and their clinical applicability in different bone defect sites.
3.5. Composite Nanofibers Enhanced CaSR Expression In
Vivo. To assess the effect of implantation with gelatin/𝛽TCP composite nanofibrous scaffolds on CaSR expression,
we examined the expression of CaSR in bone regeneration
region after 12 weeks of implantation. As shown in Figure 10,
more intense staining was observed in the gelatin/𝛽-TCP
group (Figure 10(a)) compared with the pure gelatin group

10

Stem Cells International

(a)

(b)

(c)

(d)

OCN staining intensity (%)

100
∗

80
60
∗

40
20
0
Week 4

Week 12

Gelatin
Gelatin/𝛽-TCP
(e)

Figure 9: OCN production in rat calvarial defects at 4 and 12 weeks after implantation. ((a)–(d)) Immunohistological staining of OCN after
implantation with gelatin ((a) and (c)) and gelatin/𝛽-TCP ((b) and (d)) for 4 weeks ((a) and (b)) and 12 weeks ((c) and (d)). Scale bar = 75 𝜇m.
(e) The quantitative analysis of the staining intensity of OCN. (∗ 𝑃 < 0.05).

(Figure 10(b)) and the quantitative analysis results supported
this tendency (Figure 10(c)). These results suggested that
gelatin/𝛽-TCP composite scaffolds promote bone regeneration in situ by activating Ca2+ -sensing receptor signaling.

4. Conclusions
In the present study, the nanofibrous gelatin/𝛽-TCP composite scaffolds, which have compositional and structural

features close to natural bone ECM, supported rBMSCs adhesion, spreading, and proliferation and ALP activity. Furthermore, gelatin/𝛽-TCP composite scaffolds induced osteogenic
differentiation of BMSC in vitro by activating Ca2+ -sensing
receptor signaling. Finally, the gelatin/𝛽-TCP composite
exhibited more extensive osteogenesis and higher CaSR
expression in vivo compared with pure gelatin nanofibers.
This study highlighted the great potential of the gelatin/𝛽TCP composite nanofibers in the practical application in
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Figure 10: CaSR production in rat calvarial defects at 12 weeks after implantation. ((a) and (b)) Immunohistological staining of CaSR after
implantation with gelatin (a) and gelatin/𝛽-TCP (b). Scale bar = 75 𝜇m. (c) The quantitative analysis of the staining intensity of CaSR. (∗ 𝑃 <
0.05).

orthopedics and dentistry, such as guided bone regeneration
membranes in periodontal pockets.
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