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Paul W. Doetsch, USA
Hicham Fenniri, Canada
Nick V. Grishin, USA
J. Guy Guillemette, Canada
Paul W. Huber, USA
Chen-Hsiung Hung, Taiwan
Michael Kalafatis, USA
B. E. Kemp, Australia
Phillip E. Klebba, USA

Wen-Hwa Lee, USA
Richard D. Ludescher, USA
George Makhatadze, USA
Leonid Medved, USA
Susan A. Rotenberg, USA
Jason Shearer, USA
Andrei Surguchov, USA
John B. Vincent, USA
Y. George Zheng, USA

Bioinformatics

T. Akutsu, Japan
Miguel A. Andrade, Germany
Mark Y. Borodovsky, USA
Rita Casadio, Italy
Artem Cherkasov, Canada
David Corne, UK
Sorin Draghici, USA

Stavros J. Hamodrakas, Greece
Paul Harrison, USA
George Karypis, USA
Jack A. Leunissen, The Netherlands
Guohui Lin, Canada
Satoru Miyano, Japan
Zoran Obradovic, USA

Florencio Pazos, Spain
Zhirong Sun, China
Ying Xu, USA
Alexander Zelikovsky, USA
Albert Zomaya, Australia



Biophysics

Miguel Castanho, Portugal
P. Bryant Chase, USA
Kuo-Chen Chou, USA
Rizwan Khan, India

Ali A. Khraibi, Saudi Arabia
Rumiana Koynova, USA
Serdar Kuyucak, Australia
Jianjie Ma, USA

S. B. Petersen, Denmark
Peter Schuck, USA
Claudio M. Soares, Portugal

Cell Biology

Omar Benzakour, France
Sanford I. Bernstein, USA
Phillip I. Bird, Australia
Eric Bouhassira, USA
Mohamed Boutjdir, USA
Chung-Liang Chien, Taiwan
Richard Gomer, USA
Paul J. Higgins, USA
Pavel Hozak, Czech Republic

Xudong Huang, USA
Anton M. Jetten, USA
Seamus J. Martin, Ireland
Manuela Martins-Green, USA
Shoichiro Ono, USA
George Perry, USA
M. Piacentini, Italy
George E. Plopper, USA
Lawrence Rothblum, USA

Michael Sheetz, USA
James L. Sherley, USA
G. S. Stein, USA
Richard Tucker, USA
Thomas van Groen, USA
Andre Van Wijnen, USA
Steve Winder, UK
Chuanyue Wu, USA
Bin-Xian Zhang, USA

Genetics

Adewale Adeyinka, USA
Claude Bagnis, France
J. Birchler, USA
Susan Blanton, USA
Barry J. Byrne, USA
R. Chakraborty, USA
Domenico Coviello, Italy
Sarah H. Elsea, USA
Celina Janion, Poland

J. Spencer Johnston, USA
M. Ilyas Kamboh, USA
Feige Kaplan, Canada
Manfred Kayser, The Netherlands
Brynn Levy, USA
Xiao Jiang Li, USA
Thomas Liehr, Germany
James M. Mason, USA
Mohammed Rachidi, France

Raj S. Ramesar, South Africa
Elliot D. Rosen, USA
Dharambir K. Sanghera, USA
Michael Schmid, Germany
Markus Schuelke, Germany
Wolfgang Arthur Schulz, Germany
Jorge Sequeiros, Portugal
Mouldy Sioud, Norway
Rongjia Zhou, China

Genomics

Vladimir Bajic, Saudi Arabia
Margit Burmeister, USA
Settara Chandrasekharappa, USA
Yataro Daigo, Japan
J. Spencer Johnston, USA

Vladimir Larionov, USA
Thomas Lufkin, Singapore
Joakim Lundeberg, Sweden
John L. McGregor, France
John V. Moran, USA

Yasushi Okazaki, Japan
Gopi K. Podila, USA
Momiao Xiong, USA



Immunology

Hassan Alizadeh, USA
Peter Bretscher, Canada
Robert E. Cone, USA
Terry L. Delovitch, Canada
Anthony L. DeVico, USA
Nick Di Girolamo, Australia
Don Mark Estes, USA
Soldano Ferrone, USA
Jeffrey A. Frelinger, USA
John Robert Gordon, Canada

James D. Gorham, USA
Silvia Gregori, Italy
Thomas Griffith, USA
Young S. Hahn, USA
Dorothy E. Lewis, USA
Bradley W. McIntyre, USA
R. Lee Mosley, USA
Marija Mostarica-Stojković, Serbia
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The ordered assembly and synchronous contraction of stri-
ated muscle cells are highly complex processes that depend
on the precise spatiotemporal formation of the sarcomeric
and extrasarcomeric cytoskeleton alongside with special-
ized internal membranes that coordinately regulate Ca2+

cycling. The establishment of flexible molecular anchors
that withstand stretch, between the contractile cytoskele-
ton and internal membranes, the superficial cytoskeleton
and the sarcolemma, as well as the sarcolemma and the
extracellular matrix, allows muscle cells to maintain their
structural integrity and contractile activity. Recent advances
using state-of-the-art, multidisciplinary, and integrated
approaches have yielded a wealth of new information regard-
ing these processes and have highlighted the next challenges
for muscle physiologists, biochemists, and biophysicists.

In the second volume of our Advances in Muscle
Physiology and Pathophysiology special emphasis issue, we
continued to solicit original and review articles from leading
and emerging scientists who study muscle structure and
function and with diverse expertise and interests. A wide
array of topics is covered, including, but not limited to,
thin and thick filament assembly, regulation of cross-bridges
formation, force generation, stress and stretch sensors, and
Ca2+ dynamics as well as injury and disease models.

As the Editors of this special issue, we are grateful to
all the authors who provided either original articles or
comprehensive reviews of previous and current literature,
making the second volume of this special issue attractive
and interesting to a diverse audience of muscle researchers.
Similar to our first volume, our aspiration was to include
various aspects of muscle physiology and pathophysiology
at the molecular, cellular, organ, and organismal levels. We

are pleased to see the outcome of our call in the form of this
second, special emphasis volume, and as before we expect
that it will provide a wealth of information that will further
inspire outstanding muscle research.

Aikaterini Kontrogianni-Konstantopoulos
Guy Benian

Henk Granzier
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Mutations in the DYSF gene, encoding dysferlin, cause muscular dystrophies in man. We compared 4 dysferlinopathic mouse
strains: SJL/J and B10.SJL-Dysfim/AwaJ (B10.SJL), and A/J and B6.A-Dysfprmd/GeneJ (B6.A/J). The former but not the latter
two are overtly myopathic and weaker at 3 months of age. Following repetitive large-strain injury (LSI) caused by lengthening
contractions, all except B6.A/J showed ∼40% loss in contractile torque. Three days later, torque in SJL/J, B10.SJL and controls,
but not A/J, recovered nearly completely. B6.A/J showed ∼30% torque loss post-LSI and more variable recovery. Pre-injury, all
dysferlinopathic strains had more centrally nucleated fibers (CNFs) and all but A/J showed more inflammation than controls.
At D3, all dysferlinopathic strains showed increased necrosis and inflammation, but not more CNFs; controls were unchanged.
Dystrophin-null DMDmdx mice showed more necrosis and inflammation than all dysferlin-nulls. Torque loss and inflammation on
D3 across all strains were linearly related to necrosis. Our results suggest that (1) dysferlin is not required for functional recovery 3
days after LSI; (2) B6.A/J mice recover from LSI erratically; (3) SJL/J and B10.SJL muscles recover rapidly, perhaps due to ongoing
myopathy; (4) although they recover function to different levels, all 4 dysferlinopathic strains show increased inflammation and
necrosis 3 days after LSI.

1. Introduction

The DYSF gene encodes dysferlin, a tail-anchored integral
membrane protein of 230 kDa that is thought to mediate
membrane stability or fusion through the action of calcium-
binding C2 domains in its large cytoplasmic region [1–3].
Mutations in dysferlin have been linked to several muscular
dystrophies in man, including limb girdle muscular dystro-
phy type 2B (LGMD2B) and Miyoshi myopathy (MM) [4, 5].
There are currently no treatments for these diseases, but
several therapeutic approaches have been tested in vitro and
in mice, including gene therapeutic studies. The success of
these experiments and their ultimate translation to the clinic
will rely on the availability of murine models of the human
dysferlinopathies. Several such models exist, including two
that, like the human dystrophies, arose spontaneously and
two that were generated by targeted gene ablation [6, 7].
Although some of the properties of these strains of dys-
ferlinopathic mice have been described, very few of their

characteristics have been directly compared to determine
which, if any, most closely reproduce the characteristics of
LGMB2B/MM. Here, we report the results of comparative
studies on the two spontaneously occurring murine dysferlin
mutants, SJL/J and A/J, and of the two strains derived from
these mutants by breeding them into C57Bl mice, B10.SJL-
Dysfim/AwaJ and B6.A-Dysfprmd/GeneJ (referred to in this
paper as B10.SJL and B6.A/J, resp.).

SJL/J mice show spontaneous myopathy [7–9], due to
a mutation in the Dysf gene that results in the deletion
of an exon encoding 57 amino acids in one of dysferlin’s
C2 domains [10, 11]. This mutation leads to a ∼6-fold or
greater reduction in dysferlin levels in SJL/J muscle [7, 12]
and is associated with the development of fiber necrosis, cen-
tral nucleation, inflammation, elevation of serum creatine
kinase, and, in some muscles, fatty infiltration [13]. Some
phenotypic changes occur in mice as early as 3 weeks of
age and additional changes, including increases in centrally
nucleated fibers (CNFs), are evident in 2-month-old mice
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[9, 10, 12, 13]. The myopathy becomes more prominent with
age, with a measurable loss of strength at 6 months of age and
even greater compromise of histopathology and function in
older animals [9, 13]. However, when compared to control
strains, SJL/J mice also show behavioral differences, a high
incidence of reticulum cell sarcomas [14], elevated levels of
circulating T cells, and greater susceptibility to autoimmune
diseases (http://jaxmice.jax.org/strain/000686.html). These
traits are probably not linked to its dystrophic phenotype,
which has been bred into the C57Bl/10J background [10,
12]. Extensive comparisons of SJL/J mice with their B10.SJL
counterparts have not been reported, but preliminary studies
of the time course of development of overt myopathy and the
nature of the myopathy in these strains seem similar [9, 12].
They also share the property that proximal muscles, such
as the quadriceps femoris, are more severely affected than
distal muscles, such as the gastrocnemius and tibialis anterior
[9, 12].

A/J, the other spontaneous dysferlinopathic mouse, has
an ETn retrotransposon insertion in intron 4 of the murine
Dysf gene that leads to the complete absence of dysferlin as
assayed by immunoblots [7]. Paradoxically, the A/J mouse
shows a milder phenotype at young ages and only becomes
overtly myopathic at ages approaching 1 yr [7]. Nevertheless,
serum creatine kinase is as elevated in 1-month-old A/J mice
as it is in SJL/J mice [7]. As also seen in SJL/J and B10.SJL
mice (see above), the effect of the A/J mutation is more pro-
nounced in proximal than in distal muscles [7]. Ultrastruc-
tural images of A/J muscle, like those of SJL/J and dysferlin-
null mice and human dysferlinopathies [6, 7, 15], show
lesions in the sarcolemma and the accumulation of mem-
brane-bound vesicles nearby as well as changes in the basal
lamina [7]. Comparisons of A/J mice with mice carrying the
same retrotransposon element in the C57Bl/6J background,
B6.A/J, suggest that the hindlimb muscles of the latter
develop myopathy more rapidly than A/J mice [16–18]. A/J
mice carry a number of other mutations, however, that lead
to hearing loss, a high incidence of lung carcinomas, lack of
complement 5, and resistance to diabetes (http://jaxmice
.jax.org/strain/000646.html). They also show much lower
levels of spontaneous motor activity than many other strains
of mice. These characteristics, or others, may modulate the
extent and development of dysferlinopathy in A/J mice.

Our earlier studies, which focused on the A/J strain,
showed that eccentric injuries caused by repetitive large-
strain lengthening contractions had distinct effects on the
ankle dorsiflexor muscles of A/J mice, compared to several
control strains. In particular, both the A/J and control mice
were equally susceptible to the large-strain injury, losing 40–
50% of the contractile torque of their ankle dorsiflexors.
Immediately after injury and for several days thereafter, the
myofibers of A/J mice retained 10 kDa fluorescein-dextran,
to the same extent as controls, suggesting that they had res-
ealed their injured sarcolemmal membranes as well as
controls. We interpreted these results to mean that, contrary
to the conclusions reached by earlier studies performed on
isolated myofibers in vitro [6], dysferlin is not needed for
repairing sarcolemma damaged by a physiological injury
in vivo. Differences between controls and A/J appeared

subsequent to injury, however, as controls recovered within
3 days of the injury, with little necrosis or inflammation and
without requiring myogenesis, whereas the A/J mice required
several weeks to recover, due to extensive fiber loss following
necrosis and massive inflammation and subsequent regener-
ation via myogenesis.

Here we compare the responses of the four strains of
mice, A/J, B6.A/J, SJL/J, and B10.SJL, to injury caused by
large-strain lengthening contractions. In particular, we com-
pare their baseline torque generated by the ankle dorsiflexor
group, the susceptibility to injury of this muscle group to
repetitive large-strain lengthening contractions, the recovery
of torque 3 days after injury, and the histological status of the
muscles before and after injury, including assessments of cen-
tral nucleation, necrosis and inflammation. Our results sug-
gest that the B6.A/J, SJL/J, and B10.SJL all recover from the
injury within 3 days following injury, whereas A/J do not.
Nevertheless, the response of the B6.A/J is distinct from that
of SJL/J and B10.SJL. We also compare our findings on dys-
ferlinopathic mice with dystrophin-deficient C57BL/10ScSn-
Dmdmdx/J mice (DMDmdx). We conclude that the dysfer-
linopathic strains of mice examined in this study are useful
for studying different stages in the development of dysfer-
linopathy and the altered response to contraction-induced
injury in the absence of dysferlin.

2. Materials and Methods

We studied baseline contractile torque, change in torque fol-
lowing large-strain lengthening contractions, and histologi-
cal changes 3 days after injury in 4 different murine models
of dysferlin deficiency and compared them to their respective
control strains and a murine model of dystrophin deficiency.

All mice used in this study were obtained either directly
from the Jackson Laboratory (Bar Harbor, ME) or were
obtained from our animal colonies set up from breeding
pairs initially obtained from the Jackson Laboratory (see
Table 1). Mice used for this study were males between
12–16 wks of age. All experimental protocols involving
animals were approved by the Institutional Animal Care and
Use Committee of the University of Maryland School of
Medicine, Baltimore.

2.1. Torque Measurement and Large-Strain Injury (LSI).
Measurements of contractile torque and large-strain injury
were performed in vivo as described [17–20] with the Small-
animal Unit for Muscle Injury, Muscle Testing and Muscle
Training (SUMITT, patent pending). Briefly, an anesthetized
animal was placed on its back with its foot strapped onto a
footplate in series with a torque transducer. The tibia was
stabilized with a pin. The dorsiflexor muscles were stimu-
lated via the peroneal nerve with a bipolar transcutaneous
electrode. Twitches elicited by single 0.1 ms pulses were used
to optimize electrode placement, current amplitude, and
the optimal tibiotarsal angle for the dorsiflexors (typically
110◦ of plantarflexion). Post-LSI torque was measured at
the same preinjury testing angle. In this study we did not
test if LSI alters the torque-angle relationship of the dorsi-
flexors although our unpublished data suggest no change in
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Table 1: Mouse strains. Mouse strains used in the study and number of animals studied per strain.

Strain Source
JAX mice

database stock #
DYSF mutation N

A/WySnJ
School of Medicine University of
Maryland. Breeding pairs from The
Jackson Laboratory

000647 N/A. Control strain for A/J mice 8

A/J
School of Medicine University of
Maryland. Breeding pairs from The
Jackson Laboratory

000646
A retrotransposon insertion
within intron 4, causing aberrant
splicing of the gene

8

C57Bl/6J The Jackson Laboratory 000664
N/A. Background strain for
B6.A/J

8

B6.A/J
School of Medicine University of
Maryland. Breeding pairs from The
Jackson Laboratory

012767 B6.A-
Dysfprmd/GeneJ

Progressive muscular dystrophy
(prmd) allele from A/J
introgressed into the C57BL/6J
genetic background

8

SWR/J The Jackson Laboratory 000689
N/A. Control strain for SJL/J
mice

8

SJL/J The Jackson Laboratory 000686

171 bp in-frame deletion in the
encoded mRNA is predicted to
remove 57 amino acids from
dysferlin

8

C57BL/10J The Jackson Laboratory 000665 Background strain for B10.SJL 8

B10.SJL

School of Medicine University of
Maryland. Breeding pairs from The
Jackson Laboratory, and Dr. A. J. Wagers,
Harvard University, Cambridge, MA.

011128 B10.SJL-
Dysfim/AwaJ

DYSF mutation (inflammatory
myopathy, im) in the SJL strain
introgressed into the
C57BL/10ScSnHim strain and
subsequently bred to C57Bl/10J

8

DMDmdx
School of Medicine University of
Maryland. Breeding pairs from The
Jackson Laboratory

001801
C57BL/10ScSn-

Dmdmdx/J

N/A. Dystrophin-deficient mice.
C-to-T transition at position
3185, resulting in a termination
codon in place of a glutamine
codon

8

A/WySnJ and A/J after LSI. Increasing frequencies of pulses
within a 300 ms pulse train were used to determine optimal
tetanic frequency, which was 80 or 90 Hz for all control
strains and A/J and 100–125 Hz for all other strains. After
optimal baseline torque (maximal twitch and tetany) was
recorded, 20 lengthening contractions were induced in the
dorsiflexors by moving the foot into plantarflexion from 90–
180◦ (starting with foot orthogonal to tibia) at 1200◦/s, while
the dorsiflexors were tetanically stimulated. While the 180◦

of plantarflexion is unlikely to occur in mice during normal
motor activity, our injury model is physiological as it is does
not exceed the maximal range of plantarflexion of the ankle-
foot complex recorded through gentle passive movement. A
rest period of 1 min was allowed between successive length-
ening contractions. Torques after LSI were recorded 4 min
after the last lengthening contraction. Contractile data in
Figures 1 and 2 are from 6 animals that were studied lon-
gitudinally on the day of injury (D0) and 3 days later (D3).
We performed a terminal study on two animals of each strain
at D0 to analyze histological changes immediately following
injury (middle panels in Figure 3; contractile data from these
animals are not shown).

2.2. Histological Studies. Histological studies were performed
on the Tibialis anterior (TA) muscle, as it accounts for nearly

90% of the force produced by the dorsiflexors in mice [21].
Control and injured muscles were harvested from 2 animals
per strain ∼10 min after injury on D0 and from 6 animals
per strain at D3 for histological studies. Collection of unfixed
tissue, hematoxylin and eosin (H & E) staining, and labeling
of macrophages with rat anti-mouse antibodies to CD68,
which labels all murine macrophages [22], were performed
as described [18, 23]. Quantitative data from H & E staining
are from 8–10 unique visual fields (20x objective) from 3
different animals and expressed as a percentage of the total
number of myofibers counted (∼500 fibers counted for each
strain of mice). Macrophage counts are from 3 animals per
strain from 4 unique visual fields (40x objective) per muscle
and expressed as the number of cells per square mm.

2.3. Statistical Methods. All statistical analyses were per-
formed with SigmaStat (Ashburn, VA). Baseline torque data
were analyzed with a one-way ANOVA, injury and recovery
data were analyzed with a repeated measures two-way
ANOVA. CNFs, necrotic fibers and macrophage counts
(CD68+ cells) were analyzed by two-way ANOVAs. Post hoc
analyses were performed according to the Student-Newman-
Keuls method. Linear regression analyses of the effect of
necrosis and macrophage counts torque as well the effect
of macrophage counts on necrosis were performed with
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Figure 1: Baseline torque before large-strain injury. Maximum iso-
metric tetanic torque of the dorsiflexor muscle group was measured
prior to LSI. All control strains (A/WySnJ, C57Bl/6J, SWR/J, and
C57Bl10/J) produced a similar level of contractile torque. Among
the Dysf mutants, only SJL/J mice and B10.SJL mice were weaker
than their corresponding controls. SJL/J mice were also weaker
than A/J mice. Raw torque produced by DMDmdx was the highest
among the studied strains of mice. ∗Significant difference compared
to control strain at same time point. NS:no significant difference.
‡Significant difference compared to A/J at same time point.

SigmaStat. Alpha was set at 0.05 a priori, and P values less
than 0.05 were considered significant. Physiological data are
reported as mean ± S.D., and histological data are reported
as mean ± S.E.M.

3. Results

We used established physiological and morphological meth-
ods to compare 4 strains of dysferlin-deficient mice, A/J
and SJL/J, which carry different mutations of dysferlin, and
B6.A/J and B10.SJL, which carry their respective mutations in
the C57Bl/6J and C57Bl/10J backgrounds. We used the latter
as controls as well as SWR/J and A/WySnJ mice as controls in
our studies of SJL/J and A/J mice, respectively (see Table 1).
Our physiological experiments measured the contractile
torque generated by the ankle dorsiflexor muscles, the loss
of torque following a large-strain injury caused by repeated
lengthening contractions, and the recovery of torque 3 days
after injury. Our histological experiments measured the
number of CNFs, necrotic myofibers, and inflammatory ma-
crophages in TA muscles before and after injury. Our results
indicate that these 4 strains of dysferlinopathic mice share
some important features but differ significantly in others.

3.1. Physiological Assays. We first measured the torque
generated by the ankle dorsiflexor muscles of the 4 types of
dysferlinopathic mice, compared to the appropriate control
strains (Figure 1). All control strains were statistically in-
distinguishable from each other. There was no statistical
difference between A/J mice and its control, A/WySnJ mice,
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Figure 2: Torque after LSI. We measured maximum isometric
torque ∼4 min after the last lengthening contraction in the LSI
protocol (D0) and again 3 days later (D3). All control strains lost
a similar level of torque. All dysferlin mutant mice except B6.A/J
showed a similar reduction in torque immediately after injury;
B6.A/J mice showed less susceptibility to initial injury compared
to control C57Bl/6J mice as well as other dysferlinopathic strains.
DMDmdx mice showed the highest level of torque loss immediately
after injury. At D3, all control strains recovered to near baseline
torque levels. All dysferlin mutants except A/J recovered to similar
levels as their respective control strains. A/J mice and DMDmdx mice
showed a significant torque deficit at D3. ∗Significant difference
compared to control strain at same time point. #Significant
difference within same strain between D0 and D3. †Significant
difference compared to same Dysf mutation at same time point.
‡Significant difference compared to A/J at same time point.

and between B6.A/J and its control, C57Bl/6J. SJL/J and
B10.SJL mice generated similar levels of torque, but were
weaker than their respective control strains, SWR/J and
C57Bl/10J. All dysferlinopathic strains and their controls
were significantly weaker than DMDmdx mice, consistent
with earlier reports that the latter are stronger than controls
[24–26]. When normalized to muscle weight, however (see
Table 2), TA muscles of DMDmdx mice were ∼38% weaker
than muscles of C57Bl/10J mice.

We next subjected each murine strain to our large-strain
injury protocol (LSI, see Methods). All strains except B6.A/J
lost ∼40% of their preinjury torque after LSI (Figure 2).
B6.A/J mice only lost ∼30% of their baseline torque, which
was significantly less than its control C57Bl/6J and all other
strains (Figure 2; supplementary data, Figures S1 and S2
available online at doi:10.1155/2011/134031). In contrast
to all the control and dysferlinopathic strains we assayed,
DMDmdx mice showed a ∼80% loss of contractile torque
after LSI, significantly greater than any of the other strains,
consistent with the greater susceptibility to injury by length-
ening contractions characteristic of these mice [27–29].

We assayed the ability of mice of each strain to recover
from the large-strain injury within the 3-day period that
we previously found was sufficient for controls [17–19].
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Table 2: Weights of TA muscles. Wet weights (in mg) of uninjured (right) and injured (left) TA muscles collected at D3 are given.

A/Wy SnJ A/J C57Bl/6J B6.A/J SWR/J SJL/J C57Bl/10J B10.SJL DMDmdx

N 4 4 4 4 3 3 3 3 3

D3 control 43± 1 42± 1 51± 1 48± 1 45± 4 50± 2 43± 2 45± 1 79± 2

D3 injured 45± 3 40± 1 52± 1 47± 2 47± 5 48± 4 45± 2 46± 1 75± 4
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Figure 3: Histology before and after injury. We labeled TA muscles with H&E stains. In uninjured muscle, necrotic fibers identified by
pale, disrupted cytoplasmic staining and infiltrated by mononuclear cells appeared in all dysferlinopathic strains except A/J (red arrows).
All dysferlin mutants had many CNFs (blue arrow heads) before LSI. At D3 post-LSI, necrotic fibers increased in all mutants, with the most
widespread area of necrosis in A/J muscle. Extensive myofiber damage soon after LSI was visible in DMDmdx muscle, but not in control or
dysferlinopathic muscle.

The mean torque for C57Bl/6J mice exceeded 100% baseline
torque, suggesting complete recovery of function 3 days after
LSI. All other control strains were statistically indistinguish-
able from C57Bl/6J at D3 post-LSI, indicating that they too
had regained all of their lost contractile torque (Figure 2).
As reported [17–19], A/J mice only recovered to only ∼70%
of their preinjury torque, equivalent to ∼1/4 of the torque
lost immediately after LSI. Surprisingly, B10.SJL and SJL/J
recovered to ∼90% of their original torque by D3 (Figure 2),
which was also statistically indistinguishable from the level

of recovery shown by their respective control strains. This
suggests that the absence or severe depletion of dysferlin is
not sufficient to delay the recovery of torque 3 days after
large-strain injury. The group mean for contractile torque
for B6.A/J also recovered as well as their control C57Bl/6J
mice. However, their recovery at D3 showed a wide range of
values from a loss of 8% below initial injury in one animal to
a gain of 10% above preinjury torque in another. Due to the
high level of variability seen in the set of 6 B6.A/J animals,
we performed physiological measurements on additional
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Figure 4: Macrophages (CD68+ cells) in muscle before and after injury. We labeled cross sections of uninjured and injured TA muscles with
antibodies to CD68 to identify macrophages (red) and DAPI to mark nuclei (blue). Focal areas of macrophage infiltration were evident in
uninjured muscle of all dysferlinopathic strains as well as DMDmdx mice. At D3 following LSI, macrophage numbers increased significantly
in these mutant strains.

sets of animals. With increased sample size, B6.A/J were
statistically indistinguishable from C57Bl/6J and A/J at D0,
but were different from both these strains at D3. They were
also more variable (supplementary data, Figures S1 and S2).
Just as they differed in their initial torque and susceptibility
to injury, DMDmdx mice also differed significantly from
the control and dysferlinopathic strains in their extent of
recovery from LSI, reaching only ∼60% of their original
torque by D3, equivalent to ∼1/2 of the torque lost initially.

3.2. Histological Studies. We assessed 3 different morpholog-
ical markers of myopathy, CNFs and necrotic fibers (both
quantitated from H&E-stained sections) and macrophages
(quantitated from sections immunolabeled with antibodies
to CD68), in uninjured TA muscles and in muscles 3 days
after injury (Figures 3 and 4). As all control strains were
statistically indistinguishable at D0 and D3 in the number
of CNFs, necrotic fibers, and CD68+ cells, we only show
comparisons for these variables with C57Bl/6J data.

In uninjured muscles, CNFs were elevated in all dysfer-
linopathic mice as well as in DMDmdx (Figure 5), compared

to controls. Uninjured SJL/J muscle had more CNFs than
the other dysferlinopathic strains. We found no significant
differences in central nucleation among B10.SJL, A/J, and
B6.A/J. DMDmdx mice showed much higher levels of CNFs,
consistent with earlier reports [30, 31]. Except for DMDmdx,
we observed no significant increases in CNFs at D3 in any of
the strains.

Although necrotic fibers were readily detected in the
uninjured TA muscles of B6.A/J, B10.SJL, and SJL/J mice,
the numbers were not significantly greater than control
muscles (Figures 3 and 6). On D3 post-LSI, however, the
number of necrotic fibers increased significantly in all of
the dysferlinopathic mice (Figure 6). Necrotic fibers at D3
in A/J and SJL/J muscles were statistically indistinguishable,
but B6.A/J and B10.SJL muscles had significantly fewer
necrotic fibers than A/J and SJL/J, respectively. DMDmdx

had the highest levels of necrosis, which can be explained
by severe myofiber damage seen immediately after injury, a
feature not seen in dysferlinopathic muscle (Figure 6; also
see middle panels in Figure 3). A regression analysis with %
necrotic fibers as the independent variable and torque on D3
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Figure 5: Quantitation of CNFs. We counted CNFs in H&E-stained
cross sections of uninjured and injured TA muscles. In uninjured
muscles, CNFs were elevated in all dysferlin mutants, with SJL/J
muscle showing the greatest elevation. DMDmdx muscle showed
several-fold CNFs more than all the dysferlinopathic samples.
Except for DMDmdx, none of the strains showed changes in CNFs at
D3. ∗Significant difference compared to control strain at same time
point. #Significant difference within same strain between uninjured
and D3. †Significant difference compared to same Dysf mutation at
same time point. ‡Significant difference compared to A/J at same
time point. NS:no significant difference.

as the dependent variable showed a linear relationship
(Figure 7; adjusted r2 = 0.904, P = 0.002). Thus, the deficit
in torque 3 days after LSI was directly proportional to the
number of necrotic myofibers at D3. SJL/J alone fell above
the 95% confidence interval suggesting that their D3 contrac-
tile torque exceeds what would be expected based on the level
of necrosis. Consistent with this, SJL/J mice have been shown
to recover from other forms of injury very efficiently [32].

We also quantitated the number of macrophages (CD68+
cells) in TA muscles of each strain, both before and
after injury. Focal areas of necrosis in uninjured mus-
cles were invaded by macrophages in all dysferlinopathic
strains (Figure 4). However, macrophage counts were not
significantly different from uninjured C57Bl/6J (Figure 8).
All dysferlinopathic strains showed significant increases in
macrophages at D3 post-LSI (Figure 8), with the highest
counts detected in A/J. DMDmdx muscle at D3 had signifi-
cantly greater macrophage infiltration than A/J. Regression
analysis with D3 torque regressed on macrophage counts
showed a linear relationship (Figure 9(a); adjusted r2 =
0.836, P = 0.007), with all strains falling within the 95%
confidence interval. Similarly, a regression analysis with
macrophage counts regressed on necrosis at D3 also showed
a linear relationship (Figure 9(b); adjusted r2 = 0.896, P =
0.003), with all strains falling within the 95% confidence
interval.
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Figure 6: Quantitation of necrotic fibers. We counted necrotic
fibers in H&E-stained cross sections of uninjured and injured TA
muscles. Necrotic fibers increased significantly at D3 in all mutant
strains. A/J muscle showed the largest increase among the dysferlin
mutants, but the extent of necrosis in A/J muscles was significantly
less than DMDmdx at this time point. ∗Significant difference
compared to control strain at same time point. #Significant differ-
ence within same strain between uninjured and D3. †Significant
difference compared to same Dysf mutation at same time point.
‡Significant difference compared to A/J at same time point.

4. Discussion

Several strains of dysferlinopathic mice have been studied as
possible models of human muscular dystrophies linked to
mutations in the dysferlin gene. These include 2 different
strains generated by gene ablation [6, 7], 2 strains with
spontaneous mutations in the dysferlin gene, A/J and SJL/J,
and the strains that were derived by breeding the A/J and
SJL/J Dysf mutations into the well-established C57Bl/10J and
C57Bl/6J genetic backgrounds, namely, B6.A/J and B10.SJL.
Although several laboratories have compared some of these
strains to each other, with results suggesting that they share
similar properties [7, 12, 13], few direct comparisons have
been made of mice carrying the SJL/J mutation to those
carrying the ETn retrotransposon of A/J, and none have
focused on their responses to injuries caused by lengthening
contractions. Here we provide evidence to suggest that SJL/J
and B10.SJL have a similar phenotype. We show further
that they differ significantly from A/J and B6.A/J mice and,
moreover, that the latter two strains differ significantly from
each other.

Our LSI protocol, which differs from many other meth-
ods for injuring the hindlimb muscles of mice, has several
advantages, including rapidity and reproducibility. Our LSI
model also clearly distinguishes between some dysferlino-
pathic strains and controls, including A/J and A/WySnJ.
Furthermore, the LSI model also distinguishes between some
of the dysferlinopathic mice we have examined, discussed
further below, as well as between dysferlin-deficient and
dystrophin-deficient strains. LSI causes∼2-fold greater force
deficit immediately after LSI in muscles lacking dystrophin
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than in muscles lacking dysferlin. Injury of DMDmdx muscle
is rapidly followed by significant myofiber degeneration
(Figures 2 and 3). DMDmdx mice are known to be much more
susceptible than controls to injury induced by lengthening
contractions [27–29], and the more pronounced effect of LSI
on their muscles suggests that our injury model is indeed
physiologically relevant to the study of sarcolemmal damage
and repair.

Remarkably, however, although the physiological changes
induced by LSI differ quantitatively from one strain to the
other, they are qualitatively similar in all the strains we
have studied, including control and dysferlinopathic strains.
These are indistinguishable in their susceptibility to initial
injury but differ 3 days later in necrosis and inflammation. By
contrast, DMDmdx mice are more susceptible to initial injury
and also recover slowly. Consistent with this, regression
analyses of loss of function on D3 following LSI, measured
as torque loss, against the number of necrotic fibers on D3,
show a strong linear correlation. Similarly, the number of
macrophages in muscles on D3 post-LSI is a linear function
of necrosis. In other studies, we have shown that the ap-
pearance of necrotic fibers precedes the appearance of ma-
crophages in injured muscle by several hours (Roche JA and
Bloch RJ, in preparation). These results therefore suggest
that, despite the different mutations and genes affected in the
dysferlinopathic and dystrophinopathic mice we have stud-
ied, and the different extents to which they recover contrac-
tile torque, the level of functional recovery and the extent
of inflammatory cell infiltration are determined by the
extent of myofiber necrosis. As macrophage infiltration in
3 dysferlinopathic strains (B6.A/J, SJL/J, and B10.SJL) is
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Figure 8: Quantitation of macrophages (CD68+ cells). We counted
macrophages in cross sections of uninjured and injured TA labeled
with antibodies to CD68 (see Figure 4). All dysferlin mutant strains
showed elevated macrophage counts at D3 post-LSI, with A/J
having significantly higher levels than the other strains. DMDmdx

muscle showed significantly higher macrophage infiltration than
A/J. ∗Significant difference compared to control strain at same time
point. #Significant difference within same strain between uninjured
and D3. †Significant difference compared to same Dysf mutation at
same time point. ‡Significant difference compared to A/J at same
time point.

significantly elevated at D3 despite near complete functional
recovery and moderate levels of myofiber necrosis, our
results support a role for increased infiltration of monocytes
and macrophages in dysferlinopathies, as reported by others
[32–34].

Most of our attention in these studies was focused on
the properties of 4 different dysferlinopathic strains of mice,
two carrying a retrotransposon in the dysferlin gene (A/J
and B6.A/J) and two carrying a mutation in the Dysf gene
that results in the deletion of an exon encoding 57 amino
acids in one of dysferlin’s C2 domains. We find that the key
characteristics of the TA muscles of 12–16 wk old SJL/J and
B10.SJL mice are low but readily detectable levels of central
nucleation, necrosis, and macrophage infiltration in unin-
jured muscles, consistent with the early stages of myopathy
reported in these mice at this age [9, 12]. Consistent with
their shared phenotypes, both strains lose similar fractions
of their initial torque after LSI, and they both recover
to near complete levels, similar to their respective control
strains, within 3 days. However, SJL/J muscles show greater
numbers of CNFs before injury and greater necrosis 3 days
after LSI, suggesting that genes other than dysferlin that are
differentially expressed play a role in the myopathy that has
been reported in SJL/J mice.

Our previous studies on the effect of LSI on A/J and
A/WySnJ mice suggest that the presence or absence of dys-
ferlin does not have an immediate effect on the ability of the
sarcolemma to reseal, trapping 10 kDa fluorescein dextran in
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Figure 9: Regression analyses of contractile torque versus macrophage counts and macrophage counts versus necrosis. A regression analysis
of the number of macrophages on D3 as the independent variable and torque at D3 as the dependent variable showed a good linear fit (a).
Similarly, analysis of the number of necrotic fibers as the independent variable and the number of macrophages as the dependent variable
also showed a good linear fit (b). The analyses suggest that that macrophage counts are a reliable negative predictor of functional recovery at
D3 and that the number of necrotic fibers predicts the extent of macrophage invasion.

the myoplasm for several days after injury [18]. Rather, the
damage to dysferlin-null muscle is a later event, subsequent
to sarcolemmal resealing that manifests itself initially as
a significant increase in necrosis followed later by increased
inflammation. These changes are fully manifested by D3 after
LSI, after which damaged myofibers are lost and replaced by
myogenesis. Our results with the SJL/J and B10.SJL indicate
that mutations in the dysferlin gene that reduce the levels
of dysferlin protein in muscle to ∼15% of control levels or
less [7, 12] are not sufficient to lead to the persistent torque
deficit seen in A/J muscle 3 days after injury. However, despite
the near complete functional recovery of SJL/J and B10.SJL
muscles 3 days after injury, they still showed significantly
elevated counts of necrotic fibers and macrophages, albeit
less than A/J. They are nevertheless consistent with the idea
that wild-type dysferlin is not needed for sarcolemmal mem-
branes to reseal immediately after injury and protect fibers
against rapid degeneration, as we see in dystrophin-deficient
DMDmdx muscle. Indeed, the fact that these two strains of
mice recover torque equally well after injury, and nearly as
well as controls, suggests that the modified dysferlin they
synthesize, albeit in very low amounts, may promote their
accelerated recovery. Alternatively, the low levels of ongoing
degeneration and regeneration, evident in uninjured muscles
of these mice from their elevated numbers of CNFs, necrotic
fibers, and macrophages, may accelerate their recovery from
LSI, perhaps because they are already primed to regenerate.

Our current results with A/J and control, A/WySnJ, mice
agree with our previous results, which indicate that A/J but
not A/WySnJ muscle show more CNFs before injury, with
a large increase in necrosis and inflammation 3 days after

injury [18]. CNFs only increase at later times, as A/J muscles
regenerate [17, 18]. Consistent with this, torque is signifi-
cantly depressed at D3 and recovers over 14 days after injury
as myogenesis is activated to replace fibers lost as a result of
the pathological changes that follow LSI.

Although they carry the same retrotransposon as A/J
mice in their dysferlin gene and thus fail to express any
dysferlin [7], B6.A/J mice respond differently to LSI. In par-
ticular, although they have similar levels of CNFs, necrotic
fibers, and inflammation both before and after injury, the
contractile torques we measure are highly variable. Moreover,
their susceptibility to LSI appears lower than that of A/J mice
(as well as SJL/J and B10.SJL), although the magnitude of this
difference decreases as the sample size increases. We currently
have no explanation for this variability. Until we can control
it, however, we favor the A/J line for studying the role of
dysferlin in muscles subjected to physiological injuries in
living mice.

Our results suggest that A/J mice, and SJL/J and B10.SJL,
are useful for studying different aspects of the muscular
dystrophies linked to mutations in dysferlin. Because they
show an earlier onset of myopathy, typical of the human
disease, which is usually first observed in young adults,
SJL/J and B10.SJL are potentially more useful for studying
the progression of the disease in vivo and for testing the
ability of drugs or other therapeutics to slow or block further
myopathic changes. Given that C57Bl/10J mice are a better
control for B10.SJL than SWR/J mice are for SJL/J, B10.SJL
mice are a better choice for these types of experiments. Such
studies will, however, require careful evaluation of the state
of the muscles before any treatment, as they may already
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be dystrophic. Because they show little pathology as young
adults, but respond so differently to LSI than controls, A/J
mice in our opinion remain very useful for studies designed
to examine the specific role of dysferlin in muscles without
the confounding effect of preexisting dystrophic changes. A/J
mice also give insight into how apparently healthy muscles
lacking dysferlin become dystrophic, thus modeling the
subclinical phase of dysferlinopathies in humans. Given the
differences between them, however, it seems advisable for
laboratories to investigate both A/J and B10.SJL mice as they
search for a cure for dysferlinopathies.
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The transcriptional coactivator peroxisome proliferator-activated receptor γ coactivator 1α (PGC-1α) regulates expression of genes
for metabolism and muscle fiber type. Recently, a novel splice variant of PGC-1α (NT-PGC-1α, amino acids 1–270) was cloned
and found to be expressed in muscle. Here we use Flag-tagged NT-PGC-1α to examine the subcellular localization and regulation
of NT-PGC-1α in skeletal muscle fibers. Flag-NT-PGC-1α is located predominantly in the myoplasm. Nuclear NT-PGC-1α can
be increased by activation of protein kinase A. Activation of p38 MAPK by muscle activity or of AMPK had no effect on the
subcellular distribution of NT-PGC-1α. Inhibition of CRM1-mediated export only caused relatively slow nuclear accumulation
of NT-PGC-1α, indicating that nuclear export of NT-PGC-1α may be mediated by both CRM1-dependent and -independent
pathways. Together these results suggest that the regulation of NT-PGC-1α in muscle fibers may be very different from that of the
full-length PGC-1α, which is exclusively nuclear.

1. Introduction

The transcriptional coactivator peroxisome proliferator-
activated receptor-γ co-activator 1α (PGC-1α) containing
797 amino acids (full-length) was first determined to be a
cold inducible factor in a differentiated brown fat cell line [1].
Subsequent studies have shown that PGC-1α plays important
roles in mitochondrial biogenesis via coactivating several
transcription factors such as nuclear respiratory factors and
peroxisome proliferator-activated receptors [1–3]. PGC-1α
has also been found to mediate fast-to-slow skeletal muscle
fiber-type transformation through coactivation of MEF2 [2,
4]. Exercise/muscle contraction has been found to increase
PGC-1α mRNA and protein levels [5, 6]. Both the activity
and expression of PGC-1α appear to be regulated by p38
MAPK, which phosphorylates PGC-1α on Thr-262, Ser-265,
and Thr-298 and increases its stability [7–9]. In addition,
PGC-1α expression is also modulated by AMPK-dependent
phosphorylation at residues Thr-177 and Ser-570 [10, 11].

Recently, a novel biologically active 270-aa isoform of
PGC-1α (NT-PGC-1α) was cloned by Zhang and his col-
leagues [12]. NT-PGC-1α is produced by alternative splicing

of the full-length PGC-1α through a premature stop condon
between exons 6 and 7, generating a truncated N-terminal
form of PGC-1α containing the first 267 amino acids of
full-length PGC-1α and 3 additional amino acids from the
insertion [12]. Two of the three p38 MAPK phosphorylation
sites (Thr-262, Ser-265) and one of the two AMPK phospho-
rylation sites (Thr-177) of full-length PGC-1α are present
in NT-PGC-1α. Although lacking the nuclear localization
signals present in the full-length PGC-1α, NT-PGC-1α has a
predicted size only about 30 kDa which should allow it to be
freely diffusible between nucleus and cytosol via the nuclear
pores [12]. However, recent studies found that NT-PGC-
1α is predominantly located in cytoplasm [12–14] and that
the subcellular localization of NT-PGC-1α is dynamically
regulated by protein kinase A (PKA), which phosphorylates
NT-PGC-1α at residues Ser-194, Ser-241, and Thr-256 [13].
In adipocytes and in Chinese hamster ovary K1 (CHO-K1)
cells, inhibition of CRM1 increased the nuclear content of
NT-PGC-1α [12, 13].

Although NT-PGC-1α is found to be expressed in many
tissues where PGC-1α plays important roles, including
the skeletal muscle [12], no reports of the subcellular
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Figure 1: Localization of Flag-NT-PGC-1α, GFP-PGC-1α, and Flag-NFATc1 in muscle fibers. (a) A representative image of a muscle fiber
expressing Flag-NT-PGC-1α detected by anti-Flag antibody staining shows a predominantly cytoplasmic locatiozation of Flag-NT-PGC-1α
in cultured adult skeletal muscle fibers. (b) A different fiber expressing the full-length PGC-1α-GFP fusion protein shows that full length
PGC-1α is mainly located in the fiber nucleus. (c) A third muscle fiber expressing nuclear-targeted Flag-tagged NFATc1 detected by the same
anti-Flag antibody procedure as in (a) has a strong nuclear staining, thus establishing nuclear penetration of the anti-Flag antibody. Scale
bar, 10 μm.

distribution and regulation of NT-PGC-1α in skeletal muscle
have been published. Therefore, in the present study, we
use Flag-tagged NT-PGC-1α to examine the subcellular
distribution of NT-PGC-1α in skeletal muscle fibers under
control conditions and to demonstrate that the subcellular
localization of NT-PGC-1α in muscle fibers is dynamically
regulated by PKA and by CRM1-dependent nuclear export,
but not by p38 MAPK, or AMPK.

2. Materials and Methods

2.1. Materials. dbcAMP (N6, 2′-O-dibutyryladenosine
3′ : 5′-cyclic monophosphate sodium) and monoclonal anti-
Flag antibody were from Sigma (Saint Louis, MO). AICAR
(5-aminoimidazole-4-carboxamide-1-β-D-riboside), anti-
p38 MAPK, anti-phospho-p38 MAPK (Thr180/Tyr182),
anti-AMPK, and anti-phospho-AMPK (Thr172) antibodies
were purchased from Cell Signaling Technology (Boston,
MA). Leptomycin B was obtained from LC Laboratories
(Woburn, MA). The expression plasmid of GFP-PGC-1α
cDNA was obtained from Addgene (Cambridge, MA).

2.2. FDB Muscle Fiber Cultures. Experiments were carried
out on skeletal muscle fibers obtained from 4–6-week-old
CD-1 mice. Experimental protocols were approved by the
University of Maryland Institutional Animal Care and Use
Committee. Mice were euthanized and single muscle fibers
were enzymatically dissociated from isolated flexor digito-
rum brevis (FDB) muscles. FDB muscle fibers were plated on
laminin-coated glass coverslip floors glued over 1 cm holes in
35 mm plastic Petri dishes and cultured in MEM containing
10% fetal bovine serum and 25 μg/mL gentamicin sulfate in
5% CO2 at 37◦C as previously described [15].

2.3. Adenovirus Infection. The recombinant adenovirus con-
taining the Flag-tagged NT-PGC-1α (Flag-NT-PGC-1α) [13]
was kindly provided by Dr. Thomas W. Gettys (Pennington

Biomedical Research Center, LA). The constructions of
recombinant adenoviruses of NFATc1-GFP and nuclear
targeted Flag-NFATc1 were described in detail previously
[16]. All viral constructs were confirmed by sequencing the
viral DNA. Infection of muscle fiber cultures by recombinant
adenoviruses was carried out about 20 h after the fibers were
plated as previously described [16]. After 48 hours of viral
infection, muscle fibers expressing Flag-NT-PGC-1α were
either electrically stimulated or treated pharmacologically.
Fiber electrical stimulation in culture was accomplished
by mounting stainless steel electrodes in the floor of the
culture dish. These electrodes were connected to a stimulator
to give field stimulation. 28 V, 1 ms pulses produce visible
fiber twitches and relaxation between stimuli without fiber
detachment from the glass coverslip. After treatment, fibers
were fixed immediately for immunostaining.

2.4. Fluorescence Immunocytochemistry. After electrical stim-
ulation or pharmacological treatment, FDB muscle fibers
were immediately fixed with 4% paraformaldehyde for
10 min and permeabilized with 0.5% Triton-X-100 in PBS
for 20 min. Nonspecific binding sites were blocked by
incubation with 5% normal serum. Immunostaining for
Flag-tagged NT-PGC-1α was performed using monoclonal
anti-Flag antibody (1 : 1000) followed by incubation with
the fluorescent protein-conjugated secondary antibody. The
fluorescence of the stained fibers was visualized using a
confocal laser scanning imaging system (Olympus FLU-
OVIEW 500) using constant settings of laser intensity and
photomultiplier gain. In each fiber image the mean pixel
background fluorescence (off the fiber) was determined
and subtracted from each pixel throughout the image. The
average pixel fluorescence within user specified areas of
interest (AOI) over the whole nucleus or the cytoplasm in
each image was quantified by software custom-written in
the IDL programming language (Research Systems, Boulder,
CO), similar as we used in our previous study [17], and the
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Figure 2: Activation of PKA increases nuclear Flag-NT-PGC-1α. (a) Representative images of Flag-NT-PGC-1α in a control fiber (control)
and in another fiber after 1 h treatment with 1 mM dbcAMP in culture medium in the tissue culture incubator (dbcAMP). Scale bar, 10 μm.
(b) The n/c fluorescence ratio of Flag-NT-PGC-1α in muscle fibers with (dbcAMP) or without (control) dbcAMP treatment. n/c values from
20 nuclei from 20 randomly selected fibers were averaged to give the mean value for each group. Asterisk indicates statistical significance
between groups at P < 0.05.

ratio of nuclear to cytoplasmic mean pixel fluorescence was
then calculated for each nucleus, which should correct for
fiber to fiber differences in level of expression of Flag-NT-
PGC-1α or differences in overall staining level.

2.5. Western Blot Analysis. Cultured FDB muscle fibers were
lysed with mammalian protein extraction reagent (Thermo
Scientific, Rockford, IL) plus tablets of tissue protease
inhibitor cocktail (Roche Diagnostics, Indianapolis, IN) and
passed through a 21 gauge syringe 10 times. The lysates
were subjected to centrifugation at 10,000 g for 10 min at
4◦C. The supernatant was extracted and stored. Protein
concentration was determined by the Bradford assay (Bio-
Rad Laboratories, Inc., Hercules, CA). 30 μg protein from
each sample was fractionated by NuPAGE 3–8% Tris-Acetate
Gel (Invitrogen, Carlsbad, CA) and transferred to PVDF
membranes. Blots were probed with the appropriate primary
and secondary antibodies and then visualized by Pierce ECL
Western Blotting Substrate (Thermo Scientific, Rockford,
IL) and exposed to X ray film (Amersham Hyperfilm, GE
Healthcare, Piscataway, NJ). Film was scanned and band
intensity was quantified by Image J software (National Insti-
tutes of Health, Bethesda, MD) after subtracting neighboring
background intensity.

2.6. Statistics. Student’s t-tests were used for comparisons
of data obtained from two experimental conditions, and
differences were considered significant if P < 0.05.

3. Results and Discussion

3.1. Subcellular Distribution of Flag-NT-PGC-1α in Resting
FDB Fibers. Using Flag-tagged NT-PGC-1α expressed by
adenoviral infection in cultured adult FDB skeletal muscle
fibers, we found that Flag-NT-PGC-1α is predominantly
located in the myoplasm (Figure 1(a)), consistent with
the recently described cytoplasmic localization of Flag-
NT-PGC-1α in adipocytes and CHO-K1 cells [12, 13].
Quantification of the mean pixel fluorescence in nuclear and
cytoplasmic AOIs of 120 randomly selected resting fibers
stained with anti-Flag antibody showed that the average
value of nuclear/cytoplasmic mean pixel fluorescence ratio
(n/c fluorescence ratio) was 0.63 ± 0.01. This is in contrast
to the distribution pattern of expressed full-length GFP-
PGC-1α fusion protein, which is predominantly located in
the muscle fiber nuclei (Figure 1(b); n/c fluorescence ratio:
9.53 ± 2.86) as previously seen in COS cells [1]. As negative
controls, fibers either not exposed to Flag-NT-PGC-1α viral
infection but stained with anti-Flag antibody or fibers with
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Figure 3: Muscle activity does not alter the subcellular distribution of Flag-NT-PGC-1α. (a) Representative images of Flag-NT-PGC-1α in a
control fiber (control) and in another fiber stimulated continuously at 10 Hz for 4 h (stimulation). (b) The n/c fluorescence ratio of Flag-NT-
PGC-1α in muscle fibers with (stimulation) or without (control) electrical stimulation. n/c values from 20 nuclei from 20 randomly selected
different fibers were averaged to give the mean value for each group. (c) Representative images of NFATc1-GFP in a control fiber (control)
and in another fiber stimulated continuously at 10 Hz for 4 h (stimulation). Scale bars, 10 μm for (a) and (c). (d) Representative Western
blots showing the effect of muscle activity on p38 MAPK activation. Protein expression was quantified and averaged from 3 independent
treatments. Phos p38, phospho-p38 MAPK; total p38, total p38 MAPK. Asterisk indicates statistical significance between groups at P < 0.05.

Flag-NT-PGC-1α viral infection but without incubation with
anti-Flag antibody show no evident fluorescence (data not
shown), indicating the specificity of the anti-Flag antibody
used. Finally, as a positive control for anti-Flag antibody
accessibility to muscle fiber nuclei, we transfected muscle
fibers with nuclear targeted Flag-tagged NFATc1 and found
strong nuclear staining with anti-Flag antibody (Figure 1(c)),
thus establishing nuclear penetration of the anti-Flag anti-
body.

3.2. Activation of PKA Increases Nuclear Flag-NT-PGC-
1α. Recent studies in adipocytes and CHO-K1 cells have
shown that activation of PKA can significantly increase the
nuclear content of NT-PGC-1α [12, 13]. To test whether this
regulation mechanism also exists in skeletal muscle fibers,
we treated muscle fibers with 1 mM dbcAMP for 1 h in
culture medium in the tissue culture incubator, as previously
used to activate PKA in CHO-K1 cells [13]. Our results
show that the Flag-NT-PGC-1α fluorescent staining was
stronger in nuclei of fibers exposed to dbcAMP (Figure 2(a),
bdcAMP) than in control fibers (Figure 2(a), control). The
Flag-NT-PGC-1α n/c fluorescence ratio was significantly

increased from 0.71 ± 0.03 in control to 0.98 ± 0.07 in
dbcAMP-treated fibers (Figure 2(b); P < 0.05), a 1.4-fold
increase. The nuclear increase of Flag-NT-PGC-1α after 1 h
treatment of dbcAMP found here in skeletal muscle fibers
is very close to what has been previously obtained in CHO-
K1 cells (about 1.4 fold) and in differentiated adipocytes
(about 1.5 fold) [13]. Together, these results support the
notion that PKA regulates the subcellular distribution of NT-
PGC-1α and is thereby involved in modulation of the NT-
PGC-1α-dependent signaling pathway in muscle fibers. In
brown adipocytes, it has been shown that PKA-dependent
regulation of nuclear content of NT-PGC-1α plays a role in
the transcriptional activation of UCP1 and CIDEA [13], but
the downstream signaling pathway of NT-PGC-1α in skeletal
muscle remains to be determined.

3.3. Muscle Activity Does Not Cause Nuclear Translocation of
Flag-NT-PGC-1α. In previous studies from our laboratory,
we found that repetitive muscle fiber activity elicited by
electric field stimulation of isolated FDB fibers is effective for
activating nuclear-cytoplasmic redistribution of expressed
GFP fusion proteins of the transcriptional regulators NFATc1
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Figure 4: Activation of AMPK does not alter the subcellular distribution of Flag- NT-PGC-1α in muscle fibers. (a) The n/c fluorescence
ratio of Flag-NT-PGC-1α in muscle fibers with (AICAR) or without (control) 2 mM AICAR treatment for 5 h in culture medium in the
tissue culture incubator. n/c values from 20 nuclei from 20 randomly selected different fibers were averaged to give the mean value for each
group. (b) Representative Western blots showing the effect of AICAR treatment on AMPK activation. Protein expression was quantified
and averaged from 5 independent treatments. Phos AMPK, phospho-AMPK. Asterisk indicates statistical significance between groups at
P < 0.05.

(NFATc1-GFP) and HDAC4 (HDAC4-GFP) and that both
of these effects are mediated by elevated Ca2+, NFATc1-GFP
via Ca2+ dependent activation of calcineurin [16, 18], and
HDAC4-GFP via Ca2+ dependent activation of CaM kinase
[19]. Exercise/muscle contraction has also been found to
increase the nuclear protein content of full-length PGC-1α
[5, 6]. Since nuclear NT-PGC-1α has been shown to co-
activate PPAR receptors as does the full-length PGC-1α [12],
it is of interest to determine whether stimulation of muscle
fibers can also induce the nuclear accumulation of NT-PGC-
1α in FDB fibers. Our results show that the nuclear Flag-
NT-PGC-1α fluorescence of fibers stimulated continuously
for 4 h at 10 Hz (Figure 3(a), stimulation) was essentially the
same as in fibers from a parallel culture kept under control
conditions without stimulation (Figure 3(a), control). The
mean Flag-NT-PGC-1α n/c fluorescence ratio was 0.62±0.03
in control and 0.59 ± 0.03 in stimulated fibers (Figure 3(b);
P > 0.05). Thus, Flag-NT-PGC-1α does not translocate into
the fiber nuclei in response to 4 h of continuous 10 Hz
stimulation.

In order to verify the effectiveness of 10 Hz continuous
stimulation on isolated FDB fibers, in separate experiments
we infected fibers with adenovirus encoding NFATc1-GFP.
Two days later, fibers were stimulated continuously for 4 h at
10 Hz, the same stimulation pattern used for the Flag-NT-
PGC-1α expressing fibers above. As previously reported [16,
18], NFATc1-GFP fusion protein is present predominantly
at the sarcomeric Z line in the cytoplasm of nonstimulated
cultured adult FDB fibers (Figure 3(c), control). 4 h of 10 Hz
continuous stimulation markedly increased the nuclear
NFATc1-GFP fluorescence (Figure 3(c), stimulation), so
FDB fibers clearly respond to this stimulus pattern. Thus,
10 Hz muscle fiber activity can cause nuclear accumulation
of the transcription factor NFATc1-GFP, but not of Flag-
NT-PGC-1α. However, it remains to be determined whether
repetitive muscle activity results in modification of the
expression level of endogenous NT-PGC-1α.

It was previously reported that activation of p38 MAPK,
which phosphorylates PGC-1α on Thr-262, Ser-265, and
Thr-298 [8], increases the activity and nuclear protein
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Figure 5: Inhibition of CRIM1 increases nuclear accumulation of Flag-NT-PGC-1α. (a) Representative images of Flag-NT-PGC-1α in a
control fiber (control) and that of another fiber treated with 40 nM CRM1 inhibitor leptomycin B (LMB) for 20 h in culture medium in
the tissue culture incubator. Scale bar, 10 μm. (b) The n/c fluorescence ratio of Flag-NT-PGC-1α in muscle fibers with (LMB) or without
(control) leptomycin B treatment. n/c values from 40 nuclei from 40 randomly selected different fibers were averaged to give the mean value
for each group. Asterisk indicates statistically significant difference between groups at P < 0.05.

level of full length PGC-1α in various tissues, including
skeletal muscle [7–9]. Exercise/muscle contraction results in
increased phosphorylation of p38 MAPK [9]. Using Western
blot analysis, we found that 4 h of continuous stimulation
can significantly increase the level of p38 MAPK phos-
phorylation in cultured FDB muscle fibers (Figure 3(d)).
However, despite this increase in MAPK activation, there
was no evident nuclear accumulation of Flag-NT-PGC-1α
as discussed above, even though NT-PGC-1α contains two
of the three p38 MAPK phosphorylation sites (Thr-262, Ser-
265). These results suggest that p38 MAPK is not involved in
the regulation of the subcellular distribution of NT-PGC-1α
in muscle fibers. Whether p38 MAPK plays a role or not in
regulation of the protein stability and activity of endogenous
NT-PGC-1α as it does for the full-length PGC-1α in muscle
fibers will be an interesting question for future study.

3.4. Activation of AMPK Has No Effect on the Subcellular
Distribution of Flag-NT-PGC-1α. It was previously reported
that AMPK can directly phosphorylate full-length PGC-1α
at residues Thr-177 and Ser-570 [11] and activate PGC-1α-
dependent signaling pathways in skeletal muscle [10, 11].
As NT-PGC-1α contains one of the AMPK-phosphorylation
sites, we next tested whether activation of AMPK can increase
the nuclear accumulation of NT-PGC-1α in skeletal muscle

fibers. Cultured FDB muscle fibers expressing Flag-NT-PGC-
1α were treated for 5 h with 2 mM of AICAR, a powerful
cell permeable AMP mimic for activating AMPK [20]. After
5 h of incubation with or without AICAR, fibers were fixed
and stained with anti-Flag antibody. Fibers treated with
AICAR exhibited similar nuclear Flag-NT-PGC-1α protein
fluorescence as the control group. The mean Flag-NT-
PGC-1α n/c fluorescence ratio was 0.61 ± 0.03 in control
and 0.55 ± 0.03 in AICAR-treated fibers (Figure 4(a); P >
0.05). Figure 4(b) shows that 5 h of AICAR treatment
did significantly increase the phosphorylation of AMPK.
These results demonstrate that activation of AMPK has
no effect on the subcellular distribution of Flag-NT-PGC-
1α. One hour treatment with AICAR, or one hour of
continuous electrical field stimulation at 10 Hz, caused no
change in the nuclear/cytoplasmic distribution of Flag-NT-
PGC-1α (Supplementary Figure 1 available online at doi:
10.1155/2012/989263).

3.5. Inhibition of CRM1 Induces Only Modest Nuclear Accu-
mulation of Flag-NT-PGC-1α. NT-PGC-1α has a predicted
size about 30 kDa which should allow it to be freely
diffusible between nucleus and cytosol via the nuclear pores,
a mechanism which is independent of CRM1. However,
previous studies showed that treatment with the CRM1
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nuclear export inhibitor leptomycin B (LMB) increased the
nuclear content of NT-PGC-1α in adipocytes and CHO-
K1 cells [12, 13], suggesting that NT-PGC-1α shuttles from
the nucleus to the cytoplasm in these cells at least partially
via a CRM1-dependent efflux pathway. Whether nucleo-
cytoplasmic shuttling of NT-PGC-1α proteins via a CRM1-
dependent pathway also occurs in skeletal muscle is not
known. To address this issue, we treated muscle fibers
expressing Flag-NT-PGC-1α with 40 nM leptomycin B. Our
results show that the Flag-NT-PGC-1α fluorescent staining
was enhanced in nuclei of fibers exposed to leptomycin B
(Figure 5(a), LMB) compared to control fibers (Figure 5(a),
control). The Flag-NT-PGC-1α n/c fluorescence ratio was
significantly increased from 0.61 ± 0.02 in control to 1.23 ±
0.06 in fibers treated with leptomycin B for 20 h (Figure 5(b);
P < 0.05). However, the extent of nuclear accumulation
of Flag-NT-PGC-1α in resting muscle fibers with blocked
CRM1-dependent nuclear export is much lower than that
previously observed for other transcriptional regulators such
as NFATc1 and HDAC [18, 19], which are too large to pass
passively through the nuclear pores.

The relatively low nuclear accumulation of Flag-NT-
PGC-1α in the presence of leptomycin B (Figure 5) compared
to other transcriptional regulators such as NFATc1 [18] or
HDAC4 [19] in adult muscle fibers indicates that either the
unidirectional rate of nuclear influx of Flag-NT-PGC-1α is
extremely low so that there was little entry of Flag-NT-PGC-
1α into the muscle fiber nuclei during the 20 h exposure
to leptomycin B or, more likely, that there is a CRM1-
independent pathway [21] for nuclear efflux of Flag-NT-
PGC-1α. In this case, assuming that efflux is proportional
to nuclear concentration and that the nuclear volume is
negligible compared to the cytoplasm, the approximate
doubling of n/c fluorescence ratio in exposure to leptomycin
B indicates that nuclear efflux of Flag-NT-PGC-1α via the
leptomycin B insensitive pathway would have doubled in
the presence of leptomycin B, so about half of the nuclear
efflux in resting fibers in the absence of leptomycin B
would be via the CRM1-independent pathway. If the CRM1-
independent pathway is passive efflux via nuclear pores,
which is likely since Flag-NT-PGC-1α is below the cut off size
for passive movement through the nuclear pores, Flag-NT-
PGC-1α would be distributed passively between nucleus and
cytoplasm in the steady state in the case of full blockade of the
CRM1-dependent pathway by leptomycin B. In that case the
free concentration of Flag-NT-PGC-1α would be the same in
the nucleus and cytoplasm. The slightly higher nuclear than
cytoplasmic concentration of total (i.e., free plus bound)
Flag-NT-PGC-1α (1.23 fold; see above) would indicate that
fraction of bound Flag-NT-PGC-1α would be slightly higher
in the nucleus than in the cytoplasm. Whether the Flag tag
on Flag-NT-PGC-1α might influence its nuclear/cytoplasmic
distribution in muscle fibers remains to be determined. The
possibility of rapid intranuclear ubiquitination followed by
proteasomal degradation [14] of Flag-NT-PGC-1α within
the nucleus as a mechanism for lowering nuclear Flag-NT-
PGC-1α is unlikely since ubiquitination occurs at the N-
terminal residue [14], which is Flag tagged in our Flag-NT-
PGC-1α construct.

3.6. Other Considerations and Conclusion. Overexpression of
full length PGC-1α, which is predominantly nuclear, gives
rise to an increase in mitochondrial number and oxidative
capacity in skeletal muscle [2, 3]. It will be interesting
to determine in future studies whether overexpression of
NT-PGC-1α, which is only partially nuclear, would also
produce such effects on mitochondrial number and oxidative
capacity.

In conclusion, our results suggest that in adult skeletal
muscle fibers the nuclear-cytoplasmic distribution and regu-
lation of NT-PGC-1α is very different from that of the full-
length PGC-1α, which is exclusively nuclear.
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The goal of this study was to establish force data for the rat sternomastoid (SM) muscle after reinnervation with nerve end-to-end
anastomosis (EEA), which could be used as a baseline for evaluating the efficacy of new reinnervation techniques. The SM muscle
on one side was paralyzed by transecting its nerve and then EEA was performed at different time points: immediate EEA, 1-month
and 3-month delay EEA. At the end of 3-month recovery period, the magnitude of functional recovery of the reinnervated SM
muscle was evaluated by measuring muscle force and comparing with the force of the contralateral control muscle. Our results
demonstrated that the immediately reinnervated SM produced approximately 60% of the maximal tetanic force of the control.
The SM with delayed nerve repair yielded approximately 40% of the maximal force. Suboptimal recovery of muscle force after
EEA demonstrates the importance of developing alternative surgical techniques to treat muscle paralysis.

1. Introduction

The sternocleidomastoid (SCM) is a long neck muscle with
two bellies, a medially located sternomastoid (SM) and lat-
erally positioned cleidomastoid (CM). Innervation of the
SM originates from the accessory nerve (eleventh cranial
pair) [1]. The SM is involved in the control of head move-
ments and causes cranial displacement of the sternum and
ribcage during conscious respiratory efforts [2–6]. It has
been widely used as the muscle and myocutaneous flap for
the reconstruction of oral cavity and facial defects [7, 8] and
as a candidate for reinnervation studies [9].

The SM muscle is not active during resting ventilation
but is recruited only during higher ventilatory demands [10].
Damage to the supplying nerve leads to significant atrophy in
the muscle. The SM muscle is a good target for development
of new reinnervation techniques due to its superficial loca-
tion in the neck, easy surgical access, and a single nerve sup-
ply [9]. In addition, several neighboring cervical strap mus-
cles (i.e., sternohyoid, sternothyroid, and omohyoid) and
their innervating nerves could be potentially used as donors
to reinnervate the paralyzed SM muscle [9].

End-to-end nerve repair has gained popularity in the
use for restoring paralyzed muscles [11]. Many other tech-
niques of reinnervation like end-to-side neuroraphy, autol-
ogous nerve grafting, tubulization with a nerve guide tube,
direct nerve implantation, and nerve-muscle pedicle transfer
were also developed [9, 12]. However, despite advances in
microsurgery and extensive studies on nerve repair, the
presently used reinnervation methods result in poor func-
tional recovery [13]. As reported, results of nerve repair to
date have been no better than fair, with only about 50%
of patients regaining useful function [14, 15]. Hall [16] re-
viewed the degree of functional recovery after traumatic
injury to a peripheral nerve in humans and stated that such
recovery is rarely satisfactory.

Poor motor recovery after nerve end-to-end anastomosis
(EEA) could be attributed to the inability of denervated
muscles to accept reinnervation and to recover from den-
ervation atrophy. It could also result from a reduced ability
of injured motoneurons to regenerate their axons after
prolonged axotomy [16, 17].

A new reinnervation technique developed in this labo-
ratory called nerve-muscle-endplate band grafting (NMEG)
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has been described [9]. This method could be more effective
as compared to the end-to-end nerve repair technique. In the
NMEG experiments, the experimentally paralyzed SM mus-
cle was reinnervated by transplanting an NMEG harvested
from a sternohyoid (SH) muscle. The NMEG contained a
muscle block, a nerve branch with nerve terminals, and a
motor endplate (MEP) band with numerous neuromuscular
junctions.

Muscle force measurement is an objective method used
to evaluate the functional outcome of reinnervation. How-
ever, to evaluate the success of a new reinnervation tech-
nique, the reference data assessing muscle force in an intact
SM and an SM repaired with the standard technique are
needed. We recently described the results of muscle force
studies in the intact SM muscle of the rat [18]. However, in
literature there are no data available on force produced by
SM muscle reinnervated with the EEA method.

In the present study, we described the force character-
istics of the rat SM muscle reinnervated with the classical
EEA method. Muscle force was studied 3 months after nerve
anastomosis with different delays (from 0 to 3 months)
between nerve transection and repair. The muscle force char-
acteristics obtained in the present study using the classical
EEA nerve repair can be used as a reference for evaluating the
extent of functional recovery produced by new reinnervation
techniques.

2. Materials and Methods

2.1. Subjects. The experiments were performed on 25 adult
(3.5 months old) Sprague-Dawley female rats (Charles River
Laboratories, Mass), weighing 350–450 grams. We used
female rats because their body weights become stable in
adulthood (starting at about 3 months) [19]. Studies by Can-
tillon and Bradford [20] showed that there is no difference
between the male and female rat in the contractile properties
of upper airway muscles, both in young and old animals. The
rats were provided with ad libitum access to food and water
and housed in standard cages in a 22◦C environment with a
12 : 12-h light-dark cycle. All experimental procedures were
reviewed and approved by the Institutional Animal Care and
Use Committee prior to the onset of our experiments. The
experiments were performed in accordance with the Guide
for Care and Use of Laboratory Animals published by the US
National Institutes of Health (NIH Publication no. 85-23,
revised 1996). All efforts were made to minimize the number
of animals and their suffering in the experiments.

2.2. Description of Nerve Transection and Repair with EEA.
Particulars regarding the surgical procedures and postop-
erative assessment have been described in our previous
papers [9, 18]. Briefly, during each of the two stages of the
operation, rats underwent general anesthesia with a mixture
of ketamine (80 mg/kg body wt) and xylazine (5 mg/kg body
wt) administered intraperitoneally. Supplementary doses
were administered to maintain a constant depth of anes-
thesia. Under an Olympus SZX12 Stereo zoom surgical
microscope (Olympus America Inc., Center Valley, Pa), a

H
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Figure 1: The SM nerve 3 months after transection and repair with
EEA. Photograph from an open neck of a rat who underwent EEA
procedure following transection of the SM nerve on the right side.
After the SM was retracted medially by two sutures, its innervating
nerve was visualized between the SM and cleidomastoid (CM)
belies. The SM nerve was transected and both nerve cut ends were
united with two 10-0 nylon sutures (white arrow). H: hyoid bone;
SH: sternohyoid muscle.

midline cervical incision was made extending from the hy-
oid bone to the sternum to expose the right SM muscle
and its innervating nerve. During the first operation stage,
the SM nerve was sharply transected approximately 3 mm
proximal to the SM muscle. After surgery, the wound was
closed in layers with interrupted simple sutures of 4-0
prolene. During the second operation stage, the transected
right SM nerve was repaired in three different groups of
rats (7 rats in each group) with two 10-0 interrupted epin-
eurial sutures at different delay time points after nerve trans-
ection: immediately, 1-month delay, and 3-month delay. An
additional group of 4 rats with SM nerve transection with-
out nerve repair served as a denervation control for muscle
weight evaluation. After the final operation, the rats were
housed individually during a 3-month recovery period.
Figure 1 illustrates the SM nerve 3 months after transection
and repair with EEA.

2.3. Recording Setup. We built the acquisition system that
provided user-controlled output signals (electrical stimula-
tion to the nerve or muscle and the signal that controlled
the length of the muscle) as well as recorded muscle force
data. The system was assembled from a National Instruments
multipurpose board (NI USB 6251, National Instruments,
Austin, Tex) and an Aurora system (305-LR, Aurora Scien-
tific, Aurora, Calif). It was controlled by a Dell laptop with
the user written LabView (National Instruments) program.
Data were analyzed offline with DIAdem software (National
Instruments). The scheme of components and connections
of the system is shown in Figure 2.

2.4. Muscle Attachment for Force Measurement. The details
regarding the force measurement of the rat SM muscle have
been provided in our recent publications [9, 18]. Briefly, the
SM muscles on both sides were exposed under aseptic con-
ditions. Each of the SM muscles was dissected free from the
surrounding tissue. Care was taken so that the nerve branch
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Figure 2: The schematic for the stimulation and recording system. The SM muscle is illustrated in the center. An Aurora Servomotor unit
(305-LR) was used to stretch the SM muscle to optimal length and record muscle force. Electrical stimulation (200 ms trains of 200 Hz
biphasic pulses) was generated by a National Instruments multifunction board (NI USB 6251). The stimulation trains were optically isolated
from ground with an Optical Isolation Unit (A-M 2200) and directed to the SM nerve or directly to SM muscle. A Dell laptop with user-
written LabView software was used to control the output signals (intensity of electrical stimulation and position of the servomotor lever)
and to record the input signal (muscle force). Data were analyzed offline with National Instruments DIAdem software.

and blood vessels supplying the muscle remained intact. The
rostral tendon of the SM was dissected free, cut close to the
insertion, tied together with a 2-0 suture, and connected to a
servomotor lever arm (Model 305B Dual-Mode Lever Arm
System, Aurora Scientific Inc., Aurora, Ontario, Canada).
The right SM nerve with EEA was identified, isolated from
surrounding tissues, and placed on a bipolar stimulating
electrode for nerve stimulation. On the control side, the
muscle force of the left normal SM was measured by stim-
ulating the intact SM nerve with the same bipolar electrode.
In addition to nerve stimulation, direct muscle stimulation
was also performed. The muscle was stimulated with a pair of
needle electrodes inserted into the muscle at the level where
the nerve enters the muscle. During the experiment, the rat
was placed supine on a heating pad (homoeothermic blanket
system, Stoelting, Wood Dale, Ill) and the core body temper-
ature was monitored with a rectal thermistor and maintained
at 36◦C. The muscle and nerve examined were regularly
bathed with warmed mineral oil throughout the testing to
maintain muscle temperature between 35 and 36◦C.

2.5. Stimulation Procedure. Functional reinnervation was
evaluated using muscle force response to electrical stimula-
tion at different intensities (0–1 mA). Optimal parameters
of electrical stimulation of the SM nerve and muscle were
established in our preliminary study on 10 control rats [18].
The stimulation signal used in this study consisted of a
200 ms train of biphasic pulses of constant current at a
frequency of 200 pulses/s. Stimulation with a train duration
of 200 ms was used to ensure that during stimulation, tetanic
force reached a plateau in the fast-twitch SM muscle [21].
Each pulse was made of two opposite rectangular phases,
with each phase lasting 0.2 ms. The stimulation was optically
isolated from ground (optical isolation unit A-M 2200, A-
M Systems, Sequim, Wash) and sent to two silver hook

electrodes separated by a 5 mm distance on which the
stimulated nerve was placed. Alternately, the muscle was
stimulated directly with two silver needle electrodes inserted
in the muscle 10 mm rostral to the nerve entrance to the mus-
cle. The separation distance between electrodes was 5 mm.

2.6. Statistical Analysis. Muscle force was analyzed with a
two-factor repeated measure ANOVA followed by Tukey’s
test for post-hoc comparisons. Muscle weight was analyzed
with a one-way ANOVA followed by Tukey’s test. SAS/STAT
9.2 software (SAS Institute Inc., Cary, NC) was used in
statistical comparisons.

3. Results

3.1. Stimulation of SM Muscle at Optimal Length. Muscle
force characteristics were studied when the SM was stretched
at an optimal length with a passive tension of 0.08 N. The
selection of this tension level was based on the results of
our previous study on 10 control rats [18]. That study
showed that the SM muscle, when stretched with 0.08 N
tension, is able to produce maximal muscle force (active
muscle tension to electrical stimulation). The SM force
declined to 60% at tensions of 0.02 N and 0.2 N. The same
relationship between muscle force and muscle tension was
confirmed in the present study in the reinnervated muscles.
Figure 3 illustrates the group average of active muscle force
produced by reinnervated SM muscles stretched at different
passive tensions in rats which had EEA delayed for 3
months. Rats from this group were subjected to muscle
denervation by a transection of the SM nerve. After a 3-
month delay, the transected SM nerve was repaired with
EEA. Three months after nerve repair, muscle force-tension
characteristics were analyzed. The muscle force results from
each subject were normalized by dividing muscle force data
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Figure 3: The active force generated by the SM muscle as a function
of passive tension, with which the muscle was stretched just before
stimulation. The active force was produced by the SM muscle in
response to electrical stimulation of the SM nerve. A 200 ms train
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average active force, normalized by maximal force (observed at
0.08 N tension). Vertical bars represent standard error. The SM
muscle was denervated for 3 months, repaired by end-to-end
anastomosis, and left to recover for additional 3 months. The same
muscle force-tension characteristic was observed in the noninjured
control muscles [18].
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Figure 4: Length of the SM muscle as a function of the passive
tension.

recorded at different tensions by the maximal muscle force
observed at optimal tension (0.08 N). A 200 ms train of
biphasic pulses (with a 0.2 ms pulse width) with a repetition
frequency of 200 Hz was used to stimulate the SM nerve
while the muscle was stretched with tensions ranging from
0.02 to 0.24 N. The stimulation current was set at 1 mA.

The length-tension relationship of the SM muscle is
shown in Figure 4. The average length of the SM was
24.4 mm at a tension of 0.02 N, 28.8 mm at the optimal
tension of 0.08 N and 31.8 mm at a tension of 0.2 N.

3.2. Force-Current Characteristics in Immediate EEA Group.
The averaged SM muscle force-current relationships ob-
served in animals that underwent nerve transection and
repair with EEA are shown in Figure 5 (immediate nerve
repair group), Figure 6 (1-month delayed repair group), and
Figure 7 (3-month delayed repair group). The contralateral
intact SM muscle served as a control. Vertical bars illustrate
standard error.
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Figure 5: Force-current characteristics of the SM muscle in
the immediate EEA group evoked by nerve stimulation or by
direct muscle stimulation. (a) Illustrates superimposed force-
current characteristics of the control and operated SM muscles
evoked by stimulation provided to the SM nerve. In the control
SM muscle the stimulation threshold, which produced noticeable
muscle contraction, was 0.02 mA. Muscle force grew with increased
stimulation current until it reached a plateau at 0.2 mA. The
operated muscle had a larger stimulation threshold (with detectable
muscle contraction at 0.1 mA) and produced a smaller force
than the control muscle. (b) Shows superimposed force-current
characteristics from the operated and control SM muscles evoked
by direct SM muscle stimulation.

Averaged maximal muscle forces produced by the SM
muscles using a 0–1 mA range of stimulation currents in
different studied groups are shown in Figure 8. There is
no significant difference in maximal muscle force between
nerve and muscle stimulations on the control side (average
data from control sides in all three EEA-operated groups are
shown in Figure 8(b)). The maximal muscle force evoked
by direct muscle stimulation was 97% of the maximal mus-
cle force evoked by nerve stimulation in the group with im-
mediate nerve repair, 91% in the group with 1 month delayed
nerve repair, and 94% in the group with 3 month delayed
nerve repair.

3.2.1. Control Muscle Force to Nerve Stimulation. For the
control SM muscle, the force-current function (Figure 5) had
a threshold response at 0.02 mA. Muscle force grew with an
increase of stimulation current until it reached a plateau at
about 0.2 mA. Maximal muscle force produced by the SM
muscle was about 0.8 N.



Journal of Biomedicine and Biotechnology 5

Operated

1

0.8

0.6

0.4

0.2

0

Control

Nerve stimulation

Current (mA)

Fo
rc

e 
(N

)

0 0.2 0.4 0.6 0.8 1

1 month delayed EEA

(a)

Muscle stimulation
1

0.8

0.6

0.4

0.2

0

Fo
rc

e 
(N

)

Current (mA)

0 0.2 0.4 0.6 0.8 1

Operated

Control

(b)

Figure 6: Force-current characteristics of the SM muscle in the 1-
month delay EEA group. Muscle force in the operated and control
SM muscles was produced by nerve stimulation (a) or by direct
muscle stimulation (b). Note that the delayed reinnervation of the
SM muscle produced a smaller muscle force as compared with
immediate reinnervation (illustrated in Figure 5).

3.2.2. Operated Muscle Force to Nerve Stimulation. For the
dennervated and immediately repaired SM muscle, the
nerve stimulation threshold to produce detectable muscle
contraction was 0.1 mA (Figure 5). The maximal force of the
operated muscle was 60.7% of the maximal force produced
by the control, the nonoperated muscle on the contralateral
side). A two-factor repeated ANOVA (group and intensity of
stimulation as main factors) showed a statistically significant
difference in muscle force between groups (operated and
control muscles, F = 17.94, P < 0.0005) as well as the
interaction of group with the intensity of stimulation (F =
5.26, P < 0.005 with a Greenhouse-Geisser correction).

3.2.3. Control Muscle Force to Muscle Stimulation. In addition
to muscle force evoked by nerve stimulation, we also
recorded muscle force produced in response to direct muscle
stimulation. In the control muscles, similar maximal force-
current relations were observed during nerve stimulation
and direct muscle stimulation (Figure 5). Direct stimulation
of the control muscle produced 97% of the maximal force
observed during nerve stimulation. However, the stimulation
threshold was smaller and the force-intensity curve reached
a plateau earlier during nerve stimulation (as compared to
direct muscle stimulation). A two-factor repeated ANOVA
(group and intensity of stimulation as the main factors)
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Figure 7: Force-current characteristics of the SM muscle in the 3-
month delay EEA group. Muscle force in the operated and control
SM muscles was produced by nerve stimulation (a) or by direct
muscle stimulation (b).

showed no statistically significant difference between groups
(force produced by muscle and nerve stimulation) but a
statistically significant interaction of group with intensity of
stimulation (14.08, P < 0.0001 with G-G correction).

3.2.4. Operated Muscle Force to Muscle Stimulation. Similar
force-current relationships during nerve stimulation and
during direct muscle stimulation were observed in the oper-
ated muscles (Figure 5). During muscle stimulation of the
operated muscle, the threshold current of 0.1 mA produced
visible muscle contractions. The maximal force of the oper-
ated muscle was 54.6% of the control (maximal force
produced by the control, the nonoperated muscle on the
contralateral side). Interestingly, variability of the muscle-
force data to direct muscle stimulation was about 2-3 times
smaller than that to nerve stimulation.

3.3. Force-Current Characteristics with Delayed Reinnervation.
The SM muscles with a one-month as well as a three-month
delay between nerve transection and repair showed a smaller
muscle force as compared with the SM muscles, which
were repaired immediately after denervation (Figures 5, 6,
7, and 8). The stimulation threshold was 0.1–0.2 mA. The
maximal force of the operated muscle to nerve stimulation
was reduced to about 39% of the maximal force produced
by the control, the nonoperated muscle (39.8% in the
1-month delay EEA group and 38.0% in the 3-month
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Figure 8: Average maximal muscle force of the SM muscle in
different experimental conditions. (a) Shows maximal muscle force
recorded from the operated SM muscles with immediate nerve
repair after nerve transection (Imm EEA), with 1-month delay
nerve repair (1-mon EEA) and with 3-month delay nerve repair (3-
mon EEA). Data were normalized through dividing the maximal
muscle force from the operated SM muscle by the maximal muscle
force from the control SM muscle. Maximal muscle force produced
by nerve stimulation is shown at the left side of the graph and
by direct muscle stimulation at the right side of the graph. (b)
Illustrates a comparison between the maximal muscle force evoked
through nerve stimulation and through direct muscle stimulation
of the control muscle (the intact muscle on the contralateral side).
Muscle force (average from all three EEA groups) is presented as a
percentage of maximal muscle force produced by nerve stimulation.

delay EEA group). A two-factor repeated ANOVA (group
and intensity of stimulation as main factors) showed a
statistically significant difference in muscle force between
groups (control, immediately operated, and operated after 3-
month delay, F = 22.82, P < 0.0001) as well as an interaction
of group with intensity of stimulation (F = 4.06, P < 0.002
with a Greenhouse-Geisser correction). With direct muscle
stimulation the maximal force of reinnervated muscle was
reduced to 40.2% in 1-month delay EEA group and 25.8%
in 3-month delay EEA group.

3.4. Muscle Weight. Figure 9 illustrates the effects of reinner-
vation on muscle mass. A normal SM muscle (on the control
side) was compared to the operated SM muscle. The operated
muscle was repaired with an immediate EEA (at the left),
with a 3-month delayed EEA (in the middle) and was left
denervated (at the right). The weight of the operated muscles

with immediate nerve repair was 78% of the weight of the
muscles on control side (Figures 9 and 10).

Delayed EEA resulted in smaller muscle weight as com-
pared with immediate EEA (Figures 9 and 10). Averaged
muscle weight was 68% of the control for 1-month delay
EEA and 64% of the control for 3-month delay EEA. The
mean muscle weight of the EEA reinnervated muscles was
greater than that of the denervated SM muscles (36% of the
control). An ANOVA showed a significant difference between
experimental groups (F = 39.2, df = 3/21, P < 0.001).
Tukey’s test showed that the immediate nerve repair group
has a significantly larger weight than any other group. There
was no significant difference in muscle weight between 1-
month and 3-month delay EEA groups.

4. Discussion

4.1. Data Summary. Our present study provides the force
characteristics of the rat SM muscle, which was denervated
through an SM nerve transection and reinnervated at
different time points with the classic EEA method.

The results showed only a partial recovery of muscle force
at 3 months after reinnervation surgery. The recovery level of
muscle force decreased when additional delay periods (1 or
3 months) were introduced between nerve transection and
EEA nerve repair.

4.2. The Level of Force Recovery in the SM Muscle Reinnervated
with EEA Immediately after Nerve Transection. The partial
recovery of force generated by the reinnervated SM muscle
was reflected in a higher stimulation threshold to produce
any muscle contraction and smaller maximal muscle force.
On the operated side, the threshold current needed to
produce detectable SM muscle contraction was five times
larger than that on the intact side. The maximal muscle force
produced by a 0–1 mA nerve stimulation of the reinnervated
SM muscle was reduced to about 60% of the force produced
by the intact SM muscle.

Similar reduction of maximal muscle force after EEA re-
pair was reported previously in other rat muscles. Meyer
et al. [13] analyzed force produced by the soleus muscle
following transection and traditional end-to-end epineurial
repair of the sciatic nerve in the rat. By 32 weeks, the max-
imum isometric muscle force recovered to about 70% of the
force of an intact muscle. Interestingly, recovery was much
better (90% of normal) when the nerve went through a crash
injury instead of transection. The authors concluded that
poor recovery after nerve transection could be caused by the
innervation of a muscle by inappropriate axons. Master et
al. [22] studied the force produced by the gastrocenemius
muscle in rats that had tibial nerve transected (4–5 mm prox-
imal to the neuromuscular junction) followed by immediate
neurorraphy. At 3 months postoperatively, the mean force of
the operated gastrocenemius returned to 68% of the force
produced by nonoperated one.

The mechanisms responsible for the reduced force pro-
duced by denervated and reinnervated muscles are not com-
pletely understood but may include muscle atrophy, reduced
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Figure 9: Photographs of the removed SM muscles showing the extent of muscle atrophy in three experimental groups. (a) A pair of SM
muscles from a rat in the immediate EEA (Imm-EEA) group. (b) A pair of SM muscles from a rat in the 3-month delay EEA (3 mon-EEA)
group. (c) A pair of SM muscles from a rat with denervation (DEN) of the right SM caused by nerve transection. In each rat, the left (L) SM
was normal, whereas the right (R) SM was reinnervated or denervated.
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(DEN) and reinnervation experimental groups with immediate
(Imm EEA), 1-month delay (1-mon EEA), and 3-month delay (3-
mon EEA) nerve repair. SM muscle weight on the operated side was
presented as a percentage of the SM muscle weight on the control
side.

axonal numbers, altered axonal spatial organization, dimin-
ished muscle oxidative capacity, motor unit remodeling, and
alternations in muscle fibers [23].

4.3. Decreased Level of Force Recovery in the SM Muscle with
Delayed EEA Reinnervation. Delaying the process of reinner-
vation leads to an even larger decline in the ability of the SM
muscle to generate force. As compared to immediate nerve
repair, the 3-month delay between operation and reinner-
vation increased 2 times the threshold of current needed to
produce muscle contraction. The maximal force produced
by 0–1 mA nerve stimulation of SM muscle was reduced to
about 40% of the force produced by the intact SM muscle.

Fu and Gordon [24] also reported poor functional re-
covery when nerve repair was delayed. They used a nerve
cross-anastomosis paradigm in the rat. The tibial nerve was
axotomized up to 12 months before it was cross-sutured to
the distal stump of the freshly cut common peroneal nerve
to innervate the freshly denervated tibialis anterior muscle.
The authors concluded that prolonged axotomy significantly
reduces the number of motor axons that regenerate and make
functional connections with denervated muscle fibers.

Aydin et al. [25] denervated rat’s gastrocnemius muscle
via tibial nerve transection and delayed reconstruction of
the nerve for periods ranging from 2 weeks to 1 year. They
showed large deficits in muscle mass and maximum tetanic
force caused by delayed reinnervation. The deficits were
directly proportional to the denervation interval.

Swanson et al. [26] denervated the rat tibialis anterior
by transecting the common peroneal nerve and after varying
delays (ranging from 0 to 5 months) repaired the nerves with
EEA. As in the present study, during muscle force testing, the
muscle was stretched to the optimal tension needed to elicit
a maximal force. Immediate reinnervation provided for very
good maximal muscle force equal 94% of control (although
this result was not very reliable because of large (30) standard
error). After 3 months, muscle force fell to only 38%.

4.4. No Difference in Maximal Muscle Force Evoked by Muscle
and Nerve Stimulations. One of physiological measures of
muscle innervation is the ratio of tetanic muscle force to
indirect and direct muscle stimulation. In normal muscles,
this ratio is 100% and might be reduced in partially
denervated muscles due to axonal damage, loss to neu-
romuscular junctions (NMJs), or severe defects in NMJ
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synaptic transmission [27]. No difference in average maximal
tetanic muscle force was observed in the present study
when EEA reinnervated muscle contraction was evoked in-
directly—through SM nerve stimulation, and with direct
muscle stimulation. A similar observation that there is no
difference between the maximal tetanic force evoked by nerve
stimulation and by direct muscle stimulations, we reported
previously in the SM muscle, which was repaired using the
recently developed “nerve-muscle-endplate band grafting”
(NMEG) technique [9]. Lack of power of the indirect/direct
force ratio might be caused by “safety factor,” the excess
of released transmitter during transmission of activity from
nerve to muscle (the amount of transmitter released per
nerve impulse is greater than that required to trigger an
action potential in the muscle fiber). The safety factor al-
lows neuromuscular transmission to remain effective under
various difficult physiological conditions and stresses [28].

Interestingly, in the EEA reinnervated groups, the
between-subject variability of maximal muscle force was
larger during indirect (nerve) then during direct (muscle)
stimulation. Gruner and Mason [29] showed considerable
variation in recruitment of different muscle compartments
during muscle force generation. The recruitment of different
muscle compartments might be more variable in EEA group
during indirect muscle stimulation (as compared to direct
muscle stimulation), causing larger variability of the total
tetanic muscle force.

4.5. Substantial Loss of Muscle Weight after Denervation.
Large SM muscle atrophy (36% of the control muscle) caused
by a 3-month denervation was illustrated in Figure 9. Simi-
larly, strong denervation atrophy was observed in the rabbit
tibialis anterior (TA) muscle by Ashley et al. [30]. After 2.5
months of denervation, muscle weight was reduced to 44%
of weight observed in the innervated contralateral control
TA. To prevent or at least limit the atrophy of the muscle
during the denervation period (when final reinnervation had
to be postponed) some authors used a two-stage operation
process. In this process, an early temporary intermediate
reinnervation (so called motor “baby sitting”) was followed
by a final reinnervation [23]. However, the results of such
double-stage operations produce worse outcomes than rein-
nervation made without intermediate reinnervation. Inter-
estingly, muscle mass did not significantly differ between
the normal and operated (dennervated and repaired) groups
which might suggest that denervation atrophy does not play a
primary role in the reduction of tetanic force. Larger recovery
of muscle mass (70% and 83%) than maximal tetanic force
(43% and 70%) was observed in the rat soleus muscle, with
its sciatic nerve transected, repaired with anastomosis, and
studied 2 and 8 months after the repair [13]. However, a
significant increase in muscle weight recovery was observed
only in rats with long recovery time after reinnervation
(between 4 and 8 months). There was no significant increase
of muscle weight between 2 and 4 months after nerve
repair. Swanson et al. [26] analyzed the weight of the rat
tibialis anterior muscle and found that muscle weight after
denervation and repair with EEA is reduced to 75% (of the

weight on the unoperated, contralateral side) for immediate
EEA and to 59% after a 3-month delayed denervation. We
observed similar levels of weight reduction in the present
study in reinnervated SM muscles.

4.6. Need for the Search of Other Alternating Reinnervation
Techniques. In general, nerve repair is accomplished by con-
ventional end-to-end anastomosis when the two stumps
can be approximated without tension [11, 31, 32]. A mod-
erate functional recovery after nerve anastomosis points to
the importance of developing new alternative surgical tech-
niques, which may lead to the optimal reinnervation of
paralyzed muscles. We hope that our new NMEG grafting
method [9] has the potential to generate a better outcome
than the commonly used EEA, especially with further refine-
ment of the surgical procedure, the better placement of the
donor NMEG graft at the recipient muscle, and by adding
other factors facilitating the innervation process (e.g., elec-
trical stimulation, neurotrophic factors, stem cells). Hall
[16] in his review paper postulated that the next advan-
ces in nerve repair will depend upon manipulating the
injury response around the injury site using cells and/or
exogenous peptides rather than fine-tuning microsurgical
techniques. Our recent studies [9] suggest that advances in
muscle innervation techniques might be still critical com-
ponent of a reinnervation strategy leading to optimal muscle
reinnervation.

5. Conclusions

The present experiments describe characteristics of the force
produced by the SM muscle of the rat with its supplying
nerve severed and subsequently repaired with end-to-end
anastomosis. Our study shows that a reinnervated SM muscle
needs more than a 5-time larger nerve stimulation current
to generate muscle contraction and is able to produce about
60% of tetanic force observed in the intact SM muscle.

The drop in the muscle force is more severe when there is
an additional delay between nerve damage and repair. With a
3-month delayed reinnervation, the maximal tetanic muscle
force drops to about 40% of the force observed in an intact
SM muscle.

The results of this study provide reference levels for the
tetanic force generated by the SM muscle in rats reinnervated
with classic EEA. They can be used to assess the success
of functional reinnervation produced by new reinnervation
techniques.
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Three-dimensional (3D) engineered tissue constructs are a novel and promising approach to tissue repair and regeneration. 3D
tissue constructs have the ability to restore form and function to damaged soft tissue unlike previous methods, such as plastic
surgery, which are able to restore only form, leaving the function of the soft tissue often compromised. In this study, we seeded
murine myoblasts (C2C12) into a collagen composite scaffold and cultured the scaffold in a roller bottle cell culture system in order
to create a 3D tissue graft in vitro. The 3D graft created in vitro was then utilized to investigate muscle tissue repair in vivo. The
3D muscle grafts were implanted into defect sites created in the skeletal muscles in mice. We detected that the scaffolds degraded
slowly over time, and muscle healing was improved which was shown by an increased quantity of innervated and vascularized
regenerated muscle fibers. Our results suggest that the collagen composite scaffold seeded with myoblasts can create a 3D muscle
graft in vitro that can be employed for defect muscle tissue repair in vivo.

1. Introduction

Tissue loss usually results in significant dysfunction, physical
deformities, and emotional pain long after treatment. Com-
mon causes of tissue loss include military injuries, such as
high-velocity missiles, fragmenting exploding devices, and
penetrating wounds associated with gunshots, and civilian
injuries, such as blunt trauma attributed to automobile
accidents [1]. Other causes of soft tissue removal include
tumor removal, diabetic tissue damage, and irradiative
injuries [2–5]. Current treatments of soft tissue injuries, such
as skeletal muscle defects, resort to reconstructive plastic
surgery, and skin grafting which are effective techniques to
be employed in emergency repair and cosmetic applications,
but often these techniques are unable to provide restoration
of the function to the damaged tissue [6, 7].

Recent advances in biotechnology and bioengineering
have offered novel approaches to repairing soft tissue defects
by combining cell biology, gene transfer, biomaterials, and

bioreactors [8–12]. Among the new advances, three-dimen-
sional biodegradable scaffolds provide the ability to restore
form and also function to the injured area. In order to be
successful, the 3D biodegradable scaffold needs to serve two
purposes. First, the scaffold needs to have the physiologic
and mechanical properties that mimic the in vivo native
environment, and second, the scaffold needs to have the
ability to allow for development and remodeling of the tissue
in order to promote successful restoration of physiological
function [13–15]. It is important for the scaffold to be
biodegradable because nondegradable constructs implanted
for prolonged time periods often induce an inflammatory
response which can often compromise the tissue construct
and the healing of the tissue [16–18].

Tissue and organ function are dependent on the presence
of appropriate populations of differentiated cells, and there-
fore, it is important to incorporate proper cells in the 3D
scaffold. This can be accomplished through rolling bottle cell
culture systems which are advantageous, in comparison to
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static cell seeding, in that a rolling bottle cell culture system
improves cell seeding density and homogeneity within the
scaffold [10, 19, 20]. This is accomplished through the slow
revolutions of the culture bottles on the rolling device which
produce a force significant enough to permit the cells to grow
evenly in three dimensions [21]. Also the revolutions allow
for nutrients to be provided to the cells while at the same time
removing waste products through the constant movement of
media bathing the cells [22].

In general, the artificial 3D scaffold provides an archi-
tecture on which seeded cells can organize and develop into
the desired tissue for implantation. Once implanted in the
soft tissue defect, the biodegradable scaffold provides an
initial biomechanical structure for the replacement tissue
until the cells produce an adequate extracellular matrix.
During the deposition, organization, and formation of the
newly generated extracellular matrix, the scaffold is either
degraded or metabolized; eventually leaving a vital organ or
tissue that restores, maintains, or improves tissue function.
In this study, we built a 3D muscle graft by seeding C2C12
myoblasts into a biodegradable 3D collagen composite
scaffold, and implanted it into a skeletal muscle defect mouse
model in vivo. Immunostaining was employed to evaluate
the effectiveness of the graft in improving vascularization,
innervation, and regeneration of the damaged tissue.

2. Materials and Methods

2.1. C2C12 Myoblasts Transfected with Retroviral LacZ
and LacZ Staining. C2C12 myoblasts were purchased from
ATCC (American Type Culture Collection) and cultured in
media (DMEM, Invitrogen) supplemented with 10% fetal
bovine serum (FBS, Gibco, BR), 10% horse serum (HS),
1% penicillin/streptomycin (P/S), and 0.5% chick embryo
extract (CEE). The culture media was removed and replaced
with a 1 : 1 dilution of retroviral LacZ and culture media
supplemented with 8 μg/mL of polybrene. The cells were
incubated in the solution for 6 hours at 5% CO2 and 37◦C.
To ensure maximum transduction of the virus, the infection
was done up to 3 times, and a LacZ staining was done after
each infection to determine the efficiency of the infections.
The LacZ staining consisted of fixing the cells in 1%
glutaraldehyde solution (Sigma) for 2 minutes followed by
washing with PBS. The cells were then incubated for 2 hours
in a LacZ solution (225 mL PBS/25 mL KFE solution/250 μL
of 2 M MgCl2/5 mL of X-gal) at 37◦C. The cells were then
visualized for analysis using bright field microscopy.

2.2. 3D Collagen Composite Scaffold and Cell Seeding. The
3D collagen composite scaffolds were purchased from BD
Biosciences, (catalogue number 354613) and the scaffolds are
of a cylindrical shape approximately 4.2–5.2 mm in diameter
and 3.9–4.5 mm in height with a volume of 0.039 cm3.
The average pore size of the scaffold is 100–200 μm and the
hydration capacity is 25 μL. The weight and wet weight of the
scaffolds are 3.5 mg and 45.0 mg, respectively, with an aver-
age wet tear strength of 0.48 ± 0.0131 lb/mm. The collagen
composite scaffolds, derived from bovine hide, resemble the
structure of collagen within the extracellular matrix, and are

able to support both short- and long-term differentiation of
multiple cell types. The 3D scaffolds were individually placed
into separate wells of a 48-well plate, and were immersed in
a solution consisting of 200 μL of culture medium containing
approximately 50,000 LacZ+ myoblasts. The scaffolds were
then incubated in 37◦C at 5% CO2 for 1 hour.

2.3. Rolling Bottle Cell Culture System. The LacZ+ myoblast
seeded scaffolds were transferred from the 48-well plates into
Corning cell culture bottles containing 200 mL of culture
media. The Corning cell culture bottles were placed on a
Wheaton rolling device (Fischer Scientific) at a speed of 5
revolutions per minute (RPM). The Wheaton rolling device
was then placed in an incubator at 37◦C and 5% CO2 for 3
weeks with periodic cell culture media changes.

2.4. Scaffold Sectioning and Immunostaining. In vitro, the
scaffolds were harvested after 1, 2, and 3 weeks of culturing,
and rinsed with PBS before being snap-frozen in 2-methyl
butane precooled in liquid nitrogen and stored at −80◦C.
The scaffolds were then cryosectioned at 10 μm and prepared
for immunostaining.

In vivo, scaffolds were harvested at various time points,
and immunostaining was performed to detect CD31, vWF,
dystrophin, neurofilament protein, and fast MyHC expres-
sion in injured GMs implanted with the myoblast seeded
scaffolds. Tissue sections were fixed in 4% formalin for 5
minutes followed by washing with PBS. Nonspecific binding
was blocked with 10% HS for 1 hour at room temperature
(RT). Primary antibodies were diluted to 1 : 200 in 2% HS
and incubated overnight at 4◦C. The sections were then
rinsed with PBS followed by secondary antibody incubation
for 1 hour at RT in a 1 : 300 dilution. The sections were then
rinsed with PBS before the nuclei were counterstained with
DAPI.

2.5. Proliferation Assay. After 10 days of culturing the
scaffolds in the Wheaton rolling device, a BrdU assay was
performed in order to evaluate the proliferation capacity of
the C2C12 myoblasts within the scaffold. BrdU was added
to growth medium at dilution of 1 : 1000 for an incubation
period of 24 hours. The scaffolds were then removed from
the medium and rinsed with PBS before being snap-frozen in
2-methyl butane precooled in liquid nitrogen. The scaffolds
were then sectioned and fixed with 4% formalin. The DNA
was denatured for 10 min on ice with 1 N HCl followed by
2 N HCl at RT for 10 min, and finally 2 N HCl for 20 min at
37◦C. Nonspecific binding was blocked with 10% HS for 1
hour. The primary antibody (biotin conjugated anti-BrdU)
was added at a 1 : 250 dilution in 2% HS for 3 hours at RT.
The secondary antibody (biotin streptavidin) was then added
at a dilution of 1 : 400 for 1 hour at RT. The nuclei were then
counterstained with DAPI.

2.6. Animal Experiments. The animal protocol was approved
by the Animal Research and Care Committee at Children’s
Hospital of Pittsburgh. The mice included normal (C57BL6J,
5–8 weeks of age, male), SCID (C57BL/6J-Prkdcscid/SzJ, 4–
8 weeks of age, female), and dystrophic/immunodeficient
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mdx/SCID (C57BL/10ScSn-Dmdmdx crossed with C57BL/6J-
Prkdcscid/SzJ, 4–8 weeks of age, female). All mice were
purchased from Jackson Laboratory (Bar Harbor, Maine),
and were housed individually with proper access to food and
water and maintained on a 12-hour light/dark cycle. After
the mice were anesthetized, an approximately 4× 4× 3 mm3

defect was created in the belly of the gastrocnemius muscle
(GM). The 3D muscle grafts and control nonseeded scaffolds
were implanted in the defects followed by immediate wound
closure. At designed time periods, mice were sacrificed, and
the GMs were harvested and snap-frozen in 2-methylbutane
precooled in liquid nitrogen, and they were cryosectioned for
histological analysis.

3. Results

3.1. In Vitro. In the in vitro portion of the experiments, the
C2C12 myoblast seeded scaffolds were cultured in a roller
bottle cell culture system, and the scaffolds were harvested
after 1, 2, and 3 weeks of culturing. After 1 week of culture,
myoblasts were distributed throughout the interior of the
scaffold which provides evidence that extensive migration
was able to occur (Figures 1(a)–1(f)). Some of the cells
migrated into the interior region of the scaffold, and this
can be detected by either HE (Figures 1(a)–1(c)) or LacZ
(Figures 1(d)–1(f)) staining. The sectioned scaffolds were
also immunostained for CD31, an endothelial marker, and
vWF, an endothelial cell-specific protein (Figures 2(a)–2(c)).
After 1 week of culture, CD31positive cells were seen within
the scaffold (red, Figure 2(a)). Colocalization between CD31-
positive (red) and vWF-positive (green) cells was visualized
after 2 weeks of culture (yellow, Figure 2(b)). The detection of
the colocalization of CD31 positive and vWF positive cells is
indicative of vascular development within the scaffold. After
3 weeks of culturing, more extensive colocalized positive cells
were seen (yellow, Figure 2(c)). A BrdU assay was performed
in order to assess the viability and proliferative capacity of
the myoblasts within the scaffold. We detected myoblasts
with nuclei positive for BrdU (red, Figures 2(d), 2(e), and
2(f)), revealing that some of the myoblasts seeded within the
scaffold were able to proliferate.

3.2. In Vivo. In the normal mouse model, implantation of
a nonseeded control scaffold resulted in rejection from the
host tissue, and this was seen 20 days after implantation
(Figure 3(a)). In the SCID mouse model, the implanted
nonseeded scaffolds were not rejected by the host tissue, but
few host cells migrated into the area of the implantation
(Figure 3(b)). In the same SCID mouse model, implantation
of the 3D muscle graft with LacZ-positive myoblasts for a
duration of 20 days, resulted in detection of large populations
of LacZ-positive cells remaining in the transplantation site as
well as extensive migration of the LacZ-positive cells into the
surrounding host tissue, which demonstrates the success of
the 3D graft implantation into the host tissue (Figure 3(c)).
With immunostaining, we discovered CD31 and vWF posi-
tive cells present within the interior of the scaffold, and some
of these cells expressed colocalization of the two markers
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Figure 1: Cell growth examined after 1 week of culturing in
vitro. Cells were visualized throughout the scaffold with a higher
concentration of cells located on the periphery of the scaffolds;
however, extensive migration is seen within the scaffolds. H&E
staining of the scaffolds ((a)–(c)), and LacZ and eosin staining ((d)–
(f)) are shown.

(Figure 3(d)), indicating that the vasculature process had
began to develop.

In the mdx/SCID mouse model, we followed the same
procedure described above for the normal mouse model.
We observed that the trauma sites were quickly healed in
the 3D muscle graft implanted skeletal muscle after 10
(Figure 4(a)) and 20 days (Figure 4(c)) after surgery in
comparison to the healing seen in the nonseeded scaffolds
implanted into the muscle (Figures 4(b) and 4(d)). By
histological analysis, the LacZ-positive cells were able to
survive within the implanted scaffold as well as migrate
throughout the scaffold. The scaffold began to breakdown
as it was incorporated within the surrounding host tissue 10
days after implantation (Figures 4(e) and 4(f)). Twenty days
after the graft implantation, we also detected that multiple
cell types were spread homogeneously throughout the site
of injury, and significantly, we detected CD31 and vWF
positive cells present in the new tissue and some of these
cells demonstrated colocalization between these two markers
(Figures 4(g) and 4(h)). This result indicates that the
vascularization process had started within the 3D muscle
graft as early as 10 days after implantation.

We also investigated the histology of the long-term 3D
muscle graft after implantation in the mdx/SCID mouse
model. One month after implantation of the 3D muscle
graft, LacZ and eosin staining provided evidence that the
LacZ-positive myoblasts were able to survive within the
implanted scaffold (Figure 5(a)). The site of injury was
composed of LacZ-positive myoblasts and nondegraded
residues of the scaffold (Figure 5(a) and 5(c) arrows).
Some LacZ-positive myoblasts were detected at the periph-
ery of the scaffold forming LacZ positive multinucleated
myotubes (Figure 5(a), arrowheads). Many desmin positive
cells (arrowheads), indicative of mature muscle cells, were
detected within the area of implantation around nonde-
graded regions of the scaffold (Figure 5(b), arrows). With
an H&E staining, we detected newly formed myofibers
within the region of the degrading scaffold (Figure 5(d)).
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Figure 2: Immunofluorescent staining of the scaffolds after culturing for 1, 2, and 3 weeks in vitro for evidence of vasculature ((a)–(c)).
After one week of culturing (a), CD31 positive cells (red) are detected within the scaffold. After two weeks of culturing (b), colocalization
of CD31 (red) and vWF (green) positive cells are visualized. After three weeks of culturing (c), more extensive colocalization of CD31 and
vWF is seen. A BrdU assay was performed in vitro after 10 days of culturing ((d)–(f)). BrdU positive nuclei (red) were seen revealing that
proliferation was occurring throughout the scaffold (e).
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Figure 3: The immunocompatibility of the scaffolds was examined in normal mice and SCID mice in vivo. Twenty days after implantation in
the normal mouse model, nonseeded scaffolds were rejected by the host tissue (a). Twenty days after implantation in the SCID mouse model,
nonseeded scaffolds were not rejected by the host tissue, and few host cells migrated into the scaffold (b). Twenty days after implantation in
the SCID mouse model, LacZ-labeled C2C12 myoblast seeded scaffolds were well received in the host tissue (c). Also, LacZ+ cells were able to
migrate into the surrounding host tissue. An immunofluorescent staining of CD31 (red) and vWF (green) was performed on the implanted
seeded scaffolds 20 days after implantation (d).

With immunostaining, dystrophin-positive myofibers were
detected within the implantation region which suggests
that regeneration was occurring within the site of injury
(Figure 5(e), arrowheads). We also discovered that some
CD31 positive cells were located within the site of injury,

revealing that the vascularization was an ongoing process
(Figures 5(e) and 5(f), arrows).

Two months after implantation of the 3D muscle grafts,
large dystrophin positive grafts were detected within the
site of injury suggesting that muscle regeneration had taken
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Figure 4: In the mdx/SCID mouse model, healthy healing was observed in the myoblast seeded scaffolds after 10 days (a) and 20 days
(c). Nonseeded scaffolds implanted into mdx/SCID mice resulted in slower and less healthy healing at 10 days (b) and 20 days (d). LacZ
staining of the implanted muscle graft region revealed extensive migration of the LacZ+ myoblasts into the surrounding host tissue (e) and
(f). Immunofluorescent staining of CD31 (red) and vWF (green) showed vascularization developing in the implanted muscle graft region
20 days after implantation (g). A DAPI staining revealed that a variety of cell types were located homogenously throughout the implanted
muscle graft area (h).

(a) (b) (c)
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Figure 5: LacZ and eosin staining 1 month after implantation revealed that numerous LacZ+ myoblasts were able to survive within the
implanted muscle graft region ((a) and (c)). Residues of nondegraded scaffold were also visualized within the implanted muscle graft area
((c), arrowheads). LacZ+ myoblasts were seen forming multinucleated myotubes within the implanted area ((a) arrows). Desmin positive
myoblasts ((b) arrowheads) were detected within the vicinity of nondegraded portions of the scaffold ((b) arrows). An H&E staining revealed
newly formed myofibers within the implantation site (d). Dystrophin-positive myofibers (red, arrowheads) were detected 1 month after
implantation (e) as well as CD31-positive cells, ((e) and (f), green).

place in many regions of the injured area (Figures 6(a) B,
E, and H). Also, the majority of the dystrophin-positive
grafts stained positive for fast myosin-heavy chain protein
(Figures 6(a) G–I). Similar to the previous time points,
CD31 was visualized which provides evidence for extensive
vascular development within the site of injury (Figures 6(a)
A–C). Also neurofilament protein was detected within the
dystrophin-positive grafts suggesting that innervations were
being formed to the regenerating myofibers (Figure 6(a)

D–F). With histological analysis, we have detected a large
area of scar tissue remaining in the implanted 3D graft
sites three months after implantation through an H&E
staining (Figure 6(b) A and B, stars). Also, we have detected
regeneration ofmyofibers (Figure 6(b) B, arrows) and large
amounts of dystrophin-positive myofibers within the new
muscle graft (Figure 6(b) C and D, dystrophin-red, arrows)
with revascularization (Figure 6(b) D, CD31-green, arrow-
heads). This existing scar tissue may be a major factor to
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Figure 6: (a) Three months after implantation in vivo, large dystrophin-positive grafts were visualized ((a) B, E, H). CD31-positive cells were
detected within the dystrophin-positive grafts indicative that vascularization and regeneration were occurring ((a) A–C). Neurofilament
protein was visualized within the dystrophin-positive grafts revealing that innervations were forming along with the regenerating myofibers
((a) D–F). The majority of the dystrophin-positive grafts stained positively for fast myosin-heavy chain protein ((a) G–I). (b) Three
months after implantation in vivo, all newly formed myofibers stained positive for dystrophin ((b) A dystrophin-red). A small quantity
of the dystrophin-positive myofibers stained positive for slow myosin-heavy chain protein ((b) B slow MyHC-gray). A larger quantity of the
dystrophin-positive myofibers stained positive for fast myosin-heavy chain protein ((b) C fast MyHC-green). (b) D displays a merged image
revealing the distribution of the two types of myosin-heavy chain proteins.
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Figure 7: Three months after implantation, evaluation of the
regenerative capacity of the seeded scaffolds. A hematoxylin and
eosin staining revealed a large area of fibrosis in the muscle graft
((a) and (b), sk). However, within the muscle graft despite the
area of fibrosis, we detected regenerating myofibers ((b), arrows f),
and large quantities of dystrophin-positive myofibers ((c), arrows
f). Within the areas of regeneration, revascularization was detected
through the visualization of CD31-positive cells ((d) green/arrows
f).

interfere with further muscle functional recovery, and can
be a potential inducer of muscle reinjury with movement.
Thus, prevention of fibrosis is necessary for the success of the
bioengineered tissue in application.

4. Discussion

In the last few decades, advances in bioengineering have
moved the field of tissue engineering significantly forward
[15, 23, 24]. While 3D tissue constructs are still being
developed, this field continues to grow from the intense
efforts of military and civilian trauma researchers. Tissue
engineering techniques combined with cell biology and
material sciences hold great promise in developing appro-
priate strategies for the repair and regeneration of biological
tissues. The necessary components for successful 3D engi-
neered tissues have been identified to include the following:
a biodegradable material that serves as a scaffold to facilitate
new tissue growth, and pluripotent or stem cells to initiate
new tissue growth as well as promoting vascularization and
innervation once implanted within the patient. Our work
focused primarily on creating functional 3D tissue constructs
in vitro, through the use of a 3D biodegradable scaffold
seeded with C2C12 primary myoblasts, which could then be
implanted in vivo for the purpose of repairing and replacing
damaged and lost tissue due to soft tissue defects.

Our results confirmed that C2C12 myoblasts are able
to survive and migrate within the 3D collagen composite
scaffold in vitro. This is a necessary step to occur prior to
implantation in order to ensure that the implanted scaffolds
are incorporating a rich source of myoblasts into the area of
the skeletal muscle injury. Also, we discovered that in vitro,
CD31-positive cells were present after 1 week of culturing.

CD31 is an endothelial marker that signifies progenitor
blood vessel cells [25, 26] which means that the cell seeded
scaffold had already started to develop some form of vascu-
lature prior to implantation. This is furthered by evidence
that after 2 weeks of culturing in vitro, colocalization between
CD31- and vWF-positive cells was detected. These results
indicate that the cell seeded scaffolds are capable of forming a
type of prevascularization which is ideal for inducing vascu-
lar development within the defected muscle once implanted.

The ability to promote vascularization is an essential
aspect of tissue engineering because often the vascularization
to the area where the tissue loss took place is compromised
by the trauma itself [4]. The vascularization that was seen
in vitro was also present when the scaffolds were harvested
at various time points after implantation in vivo. The
detection of CD31-positive cells located throughout the
scaffold provide evidence that vascularization was being
incorporated within the scaffold from vessels located in the
host tissue surrounding the defect. This incorporation of
vasculature within the scaffold increased the cell survival of
the myoblasts by providing nutrients and oxygen to the newly
transplanted cells [27, 28]. In order for a tissue construct to
be effective in becoming functional, vascularization needs
to occur along with innervation. Techniques for repairing
soft tissue defects, such as muscle and perforator flaps, result
in providing vascularized coverage to the wound; however,
due to the lack of innervations to the damaged area, sen
sitivity is often compromised [6]. Our results indicated that
the seeded scaffold was successful in providing potential
innervations to the damaged tissue based on the presence
of neurofilament-positive cells. Neurofilament protein is a
protein located in the intermediate filament of neurons [29];
therefore, its expression is indicative of neurogenesis and
neural development.

Dystrophin-positive myofibers were found located
within the area of the defect which signifies that new muscle
fibers were being formed in the damaged area. The myoblasts
that were seeded in the scaffold were able to successfully
differentiate into myotubes which allowed for regeneration
of the damaged tissue. This result is not surprising due to
numerous previous studies that found that myoblast trans-
plantation is an effective therapy for increasing dystrophin-
positive myofibers in such muscle dystrophy diseases such
as Duchenne muscular dystrophy [30–32]. A large quantity
of the dystrophin-positive myofibers stained positively for
fast-type myosin-heavy chain protein, and a lower quantity
staining positively for slow-type myosin-heavy chain protein.
This preferential difference may be contributed to the
environment into which the myoblasts were implanted [33].
If more fast-type myosin-heavy chain myofibers were present
in the surrounding area of host tissue around the defect, dif-
ferentiation of the myoblasts into myotubes exhibiting fast-
type myosin-heavy chain proteins may have been favored.

Although many challenges still remain in the successful
restoration of soft tissue defects, our study provides a starting
point for overcoming these challenges. The ability of the
myoblast seeded collagen composite scaffolds to provide the
initial architecture for rebuilding a functional tissue, as well
as incorporating an appropriate population of cells that helps
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to facilitate muscular regeneration through increasing inner-
vation, vascularization, and the production of myofibers,
makes the 3D collagen scaffold an ideal candidate for
repairing soft tissue defects. However, immunocompatibility
and fibrosis are two problems that still remain. As seen
in our data, only immune-compromised mice were able
to successfully integrate the 3D tissue graft into their host
tissue which presents a limited scope of application for the
scaffolds. Also, fibrosis is a pathological process that affects
many tissues and organs after being afflicted by injuries or
disease-like states [34]. The development of the fibrotic tissue
can lead to chronic healing problems, which can result in
tissue/organ dysfunction during the final healing stages, and
can make the tissue more susceptible to reinjury after initial
healing [35, 36]. Our study detected fibrosis formation in the
skeletal muscles after long-term implantation, indicating that
prevention or treatment of the fibrous scar tissue is essential
for effective bioengineered tissues.

Author’s Contributions

J. Ma and K. Holden contributed equally to this paper.

References

[1] M. Dragas, L. Davidovic, D. Kostic et al., “Upper extremity
arterial injuries: factors influencing treatment outcome,” In-
jury, vol. 40, no. 8, pp. 815–819, 2009.

[2] C. E. Attinger, I. Ducic, P. Cooper, and C. M. Zelen, “The
role of intrinsic muscle flaps of the foot for bone coverage in
foot and ankle defects in diabetic and nondiabetic patients,”
Plastic and Reconstructive Surgery, vol. 110, no. 4, pp. 1047–
1054, 2002.

[3] A. K. Singh, K. P. Gudehithlu, S. Patri et al., “Impaired integ-
ration of endothelial progenitor cells in capillaries of diabetic
wounds is reversible with vascular endothelial growth factor
infusion,” Translational Research, vol. 149, no. 5, pp. 282–291,
2007.

[4] M. M. Al-Qattan, “Severe, traumatic soft-tissue loss in the an-
tecubital fossa and proximal forearm associated with radial
and/or median nerve palsy: nerve recovery after coverage
with a pedicled latissimus dorsi muscle flap,” Annals of Plastic
Surgery, vol. 46, no. 2, pp. 125–129, 2001.

[5] A. Takeuchi, H. Tsuchiya, T. Shirai, K. Hayashi, H. Nishida,
and K. Tomita, “Occlusive dressing for large soft tissue defects
following soft tissue tumor excision,” Journal of Orthopaedic
Science, vol. 14, no. 4, pp. 385–390, 2009.

[6] E. D. Rodriguez, R. Bluebond-Langner, C. Copeland, T. N.
Grim, N. K. Singh, and T. Scalea, “Functional outcomes of po-
sttraumatic lower limb salvage: a pilot study of anterolateral
thigh perforator flaps versus muscle flaps,” The Journal of
trauma, vol. 66, no. 5, pp. 1311–1314, 2009.

[7] X. Shao, C. Chen, X. Zhang, Y. Yu, D. Ren, and L. Lu,
“Coverage of fingertip defect using a dorsal island pedicle flap
including both dorsal digital nerves,” Journal of Hand Surgery,
vol. 34, no. 8, pp. 1474–1481, 2009.

[8] P. A. Janmey, J. P. Winer, and J. W. Weisel, “Fibrin gels and
their clinical and bioengineering applications,” Journal of the
Royal Society Interface, vol. 6, no. 30, pp. 1–10, 2009.

[9] S. G. Kumbar, S. P. Nukavarapu, R. James, L. S. Nair, and C.
T. Laurencin, “Electrospun poly(lactic acid-co-glycolic acid)

scaffolds for skin tissue engineering,” Biomaterials, vol. 29, no.
30, pp. 4100–4107, 2008.

[10] M. Pei, L. A. Solchaga, J. Seidel et al., “Bioreactors mediate
the effectiveness of tissue engineering scaffolds,” The FASEB
Journal, vol. 16, no. 12, pp. 1691–1694, 2002.

[11] S. A. Riboldi, M. Sampaolesi, P. Neuenschwander, G. Cossu,
and S. Mantero, “Electrospun degradable polyesterurethane
membranes: potential scaffolds for skeletal muscle tissue en-
gineering,” Biomaterials, vol. 26, no. 22, pp. 4606–4615, 2005.

[12] L. G. Griffith, “Emerging design principles in biomaterials
and scaffolds for tissue engineering,” Annals of the New York
Academy of Sciences, vol. 961, pp. 83–95, 2002.

[13] L. E. Freed, F. Guilak, X. E. Guo et al., “Advanced tools
for tissue engineering: scaffolds, bioreactors, and signaling,”
Tissue Engineering, vol. 12, no. 12, pp. 3285–3305, 2006.

[14] D. W. Hutmacher, “Scaffold design and fabrication technolo-
gies for engineering tissues—state of the art and future pers-
pectives,” Journal of Biomaterials Science, Polymer Edition, vol.
12, no. 1, pp. 107–124, 2001.

[15] L. Cen, W. Liu, L. Cui, W. Zhang, and Y. Cao, “Collagen
tissue engineering: development of novel biomaterials and ap-
plications,” Pediatric Research, vol. 63, no. 5, pp. 492–496,
2008.

[16] J. M. Anderson and J. J. Langone, “Issues and perspectives
on the biocompatibility and immunotoxicity evaluation of
implanted controlled release systems,” Journal of Controlled
Release, vol. 57, no. 2, pp. 107–113, 1999.

[17] J. E. Babensee, J. M. Anderson, L. V. McIntire, and A. G. Mikos,
“Host response to tissue engineered devices,” Advanced Drug
Delivery Reviews, vol. 33, no. 1-2, pp. 111–139, 1998.

[18] J. M. Anderson, “Inflammatory response to implants,” ASAIO
Transactions, vol. 34, no. 2, pp. 101–107, 1988.

[19] G. Vunjak-Novakovic, B. Obradovic, I. Martin, P. M. Bursac,
R. Langer, and L. E. Freed, “Dynamic cell seeding of poly-
mer scaffolds for cartilage tissue engineering,” Biotechnology
Progress, vol. 14, no. 2, pp. 193–202, 1998.

[20] M. Radisic, M. Euloth, L. Yang, R. Langer, L. E. Freed, and G.
Vunjak-Novakovic, “High-density seeding of myocyte cells for
cardiac tissue engineering,” Biotechnology and Bioengineering,
vol. 82, no. 4, pp. 403–414, 2003.

[21] Y. Wang, H. L. Jiao, J. Z. Zhang, and R. Q. He, “Three-
dimensional culture of hybridoma cells secreting anti-human
chorionic gonadotropin by a new rolling culture system,”
Journal of Biomedicine and Biotechnology, vol. 2004, no. 1, pp.
35–40, 2004.

[22] N. A. Bleckwenn and J. Shiloach, “Large-scale cell culture,”
Current Protocols in Immunology, Appendix 1, Appendix 1U,
2004.

[23] D. H. Park, C. V. Borlongan, D. J. Eve, and P. R. Sanberg, “The
emerging field of cell and tissue engineering,” Medical Science
Monitor, vol. 14, no. 11, pp. RA206–RA220, 2008.

[24] D. W. Hutmacher, M. Sittinger, and M. V. Risbud, “Scaffold-
based tissue engineering: rationale for computer-aided design
and solid free-form fabrication systems,” Trends in Biotechnol-
ogy, vol. 22, no. 7, pp. 354–362, 2004.

[25] C. -K. Perng, Y. -J. Wang, C. -H. Tsi, and H. Ma, “In vivo
angiogenesis effect of porous collagen scaffold with hyaluronic
acid oligosaccharides,” Journal of Surgical Research, vol. 168,
no. 1, pp. 9–15, 2011.

[26] C. K. Chiang, M. F. Chowdhury, R. K. Iyer, W. L. Stanford,
and M. Radisic, “Engineering surfaces for site-specific vascular
differentiation of mouse embryonic stem cells,” Acta Biomate-
rialia, vol. 6, no. 6, pp. 1904–1916, 2010.

[27] M. K. Smith, M. C. Peters, T. P. Richardson, J. C. Garbern,
and D. J. Mooney, “Locally enhanced angiogenesis promotes



Journal of Biomedicine and Biotechnology 9

transplanted cell survival,” Tissue Engineering, vol. 10, no. 1-2,
pp. 63–71, 2004.

[28] D. J. Tilkorn, A. Bedogni, E. Keramidaris et al., “Implanted
myoblast survival is dependent on the degree of vasculariza-
tion in a novel delayed implantation/prevascularization tissue
engineering model,” Tissue Engineering—Part A, vol. 16, no. 1,
pp. 165–178, 2010.

[29] R. Perrot, R. Berges, A. Bocquet, and J. Eyer, “Review of the
multiple aspects of neurofilament functions, and their possible
contribution to neurodegeneration,” Molecular Neurobiology,
vol. 38, no. 1, pp. 27–65, 2008.

[30] T. A. Partridge, J. E. Morgan, G. R. Coulton, E. P. Hoff-
man, and L. M. Kunkel, “Conversion of mdx myofibres
from dystrophin-negative to -positive by injection of normal
myoblasts,” Nature, vol. 337, no. 6203, pp. 176–179, 1989.

[31] G. Q. Wallace, K. A. Lapidos, J. S. Kenik, and E. M.
McNally, “Long-term survival of transplanted stem cells in
immunocompetent mice with muscular dystrophy,” American
Journal of Pathology, vol. 173, no. 3, pp. 792–802, 2008.

[32] Z. Liu, Y. Wu, and B. G. Chen, “Myoblast therapy: from bench
to bedside,” Cell Transplantation, vol. 15, no. 6, pp. 455–462,
2006.

[33] Y. Matsuoka and A. Inoue, “Controlled differentiation of
myoblast cells into fast and slow muscle fibers,” Cell and Tissue
Research, vol. 332, no. 1, pp. 123–132, 2008.

[34] Y. Li and J. Huard, “Differentiation of muscle-derived cells into
myofibroblasts in injured skeletal muscle,” American Journal of
Pathology, vol. 161, no. 3, pp. 895–907, 2002.

[35] Y. Li, W. Foster, B. M. Deasy et al., “Transforming growth
factor-β1 induces the differentiation of myogenic cells into
fibrotic cells in injured skeletal muscle: a key event in muscle
fibrogenesis,” American Journal of Pathology, vol. 164, no. 3,
pp. 1007–1019, 2004.

[36] W. Wang, H. Pan, K. Murray, B. S. Jefferson, and Y. Li,
“Matrix metalloproteinase-1 promotes muscle cell migration
and differentiation,” American Journal of Pathology, vol. 174,
no. 2, pp. 541–549, 2009.



Hindawi Publishing Corporation
Journal of Biomedicine and Biotechnology
Volume 2011, Article ID 492075, 9 pages
doi:10.1155/2011/492075

Research Article

Localization of Magic-F1 Transgene, Involved in
Muscular Hypertrophy, during Early Myogenesis

Flavio Ronzoni,1, 2 Matilde Bongio,1 Silvio Conte,1 Luigi Vercesi,1

Marco Cassano,3 Carla Tribioli,4 Daniela Galli,1, 2 Riccardo Bellazzi,2 Giovanni Magenes,2

Maria Gabriella Cusella De Angelis,1, 2 and Maurilio Sampaolesi1, 2, 3, 5

1 Human Anatomy Section, University of Pavia, Via Forlanini 8, 27100 Pavia, Italy
2 Center for Tissue Engineering (CIT), University of Pavia, 27100 Pavia, Italy
3 Translational Cardiomyology (SCIL), Katholieke Universiteit Leuven, Herestraat 49, 3000 Leuven, Belgium
4 Institute of Molecular Genetics, CNR, 27100 Pavia, Italy
5 Stem Cell Research Institute, University Hospital Gasthuisberg, Herestraat 49, 3000 Leuven, Belgium

Correspondence should be addressed to Maurilio Sampaolesi, sampa@unipv.it

Received 31 May 2011; Revised 14 September 2011; Accepted 19 September 2011

Academic Editor: Aikaterini Kontrogianni-Konstantopoulos

Copyright © 2011 Flavio Ronzoni et al. This is an open access article distributed under the Creative Commons Attribution License,
which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly cited.

We recently showed that Magic-F1 (Met-activating genetically improved chimeric factor 1), a human recombinant protein derived
from hepatocyte growth factor/scatter factor (HGF/SF) induces muscle cell hypertrophy but not progenitor cell proliferation, both
in vitro and in vivo. Here, we examined the temporal and spatial expression pattern of Magic-F1 in comparison with Pax3 (paired
box gene 3) transcription factor during embryogenesis. Ranging from 9.5 to 17.5 dpc (days post coitum) mouse embryos were
analyzed by in situ hybridization using whole mounts during early stages of development (9.5–10.5–11.5 dpc) and cryostat sections
for later stages (11.5–13.5–15.5–17.5 dpc). We found that Magic-F1 is expressed in developing organs and tissues of mesenchymal
origin, where Pax3 signal appears to be downregulated respect to the wt embryos. These data suggest that Magic-F1 could be
responsible of muscular hypertrophy, cooperating with Pax3 signal pathway in skeletal muscle precursor cells.

1. Introduction

Muscular hypertrophy is controlled by both muscle growth
and muscle atrophy. These apparently contrasting biological
processes share key molecules triggering active transcrip-
tional programs to induce skeletal muscles atrophy or hyper-
trophy.

The IGF-1 (insulin-like growth factor-1) pathway affects
both hypertrophy and atrophy, increasing protein synthesis
and inhibiting the expression of transcription factor FOXO
(forkhead box O), respectively. A key molecular player
downstream of IGF-1 receptor is Akt (Abelson leukemia
kinase) that when phosphorylated activates protein synthesis
via mTOR (mammalian target of rapamycin). The two
main actors to negatively control the muscle growth are
myostatin and atrogin-1. Myostatin belongs to the TGF-β
(transforming growth factor beta) family, and it is expressed
and secreted predominantly in skeletal muscle, functioning

as negative regulator of muscle growth. Mice, sheep, cattle,
and humans that present mutations in myostatin gene show
a double-muscling phenotype, characterized by extensive
muscular hypertrophy [1–4]. In vitro myostatin is able to
positively affect the expression of ubiquitin ligases, involved
in muscle atrophy [5]. Interestingly, myostatin treatment
blocks the IGF1-AKT pathway, allowing the increased
expression of atrogin-1, directly involved in muscle atrophy
[6]. Among the muscle growth regulators, hepatocyte growth
factor (HGF/SF) [7–9], initially unveiled as the major
inducers of hepatogenesis, is involved in muscle stem-cell
activation through its tyrosine kinase receptor Met [10–14],
containing a Pax3-binding site. Pax3 is an early transcription
factor involved in embryonic and adult myogenesis, and it is
expressed in the lateral dermomyotome of all somites, where
also is present Met [15]. Transgenic animals generated to
interfere in HGF-Met signaling show abnormality in several
muscles during embryogenesis [16–18]. Moreover, HGF-Met
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pathway is important in muscle regeneration, since, sustains
the proliferation of muscle stem cells after their activation
[19–22]. However, HGF expression is downregulated during
myogenesis in order to allow the satellite cells to exit the cell
cycle, avoiding a delay in the regeneration process [23, 24].

The production of recombinant proteins allows the
great advantage to select a specific biological effect of a
given protein able to trigger different biological processes.
We recently generated transgenic mice expressing an HGF-
related recombinant protein, named Magic factor-1 (Met-
activating genetically improved chimeric factor-1 or Magic-
F1) and expressed exclusively in skeletal muscles [25].
This animal model develops muscular hypertrophy with no
evident side effects or hyperplasia. However, the expression
pattern of the transgene in early embryogenesis is unknown.

The effect of Magic-F1 recombinant protein in skeletal
muscle tissue offers biological advantages over HGF. Magic-
F1 is able to promote myocytes survival and enhance
muscle regeneration and a lack of any mitogenic activity
could allow a potential safe use of the recombinant protein
as therapeutic cytokine for muscle degenerative disorders,
promoting muscle regeneration without the potential risk
of stimulating uncontrolled proliferation. Because of its
selective stimulation of hypertrophy, Magic-F1 is a novel
molecule with potential applicative perspective to counteract
muscle wasting in muscle diseases such as cachexia or
muscular dystrophy.

Here, we evaluate the localization of transgene Magic-
F1 in comparison with Pax3, the earliest myogenic tran-
scription factor, in early and late embryogenesis using
in situ hybridization on whole-mount and cryosections of
transgenic and wt mouse embryos.

2. Materials and Methods

2.1. Mouse Embryos and Staging. Embryos for in situ hy-
bridization were dissected from CD1 wt (wild-type) female
mice mated with homozygous Magic-F1 transgenic male
mice (Stem Cell Research Institute, H. S. Raffaele, Milan,
Italy). Embryos were generated using timed mating, with the
morning vaginal plug designated as E0.5.

2.2. Genotyping of Magic-F1 Embryos. Magic-F1 is a recom-
binant protein containing two HGF NK2 domains joint
by a linker. The exact amino acidic sequence of Magic-F1
corresponds to residues 1–285 of human HGF (Gene Bank
no. M73239), a linker with the sequence (GGGGS)3; residues
30–285 of human HGF, and a poly-histidine tag with the
sequence DDDKHHHHHH. We generated transgenic mice
expressing Magic-F1 construct into a plasmid containing the
1.500-bp (base pair) fragment of the MLC (myosin light
chain) promoter, an 840-bp fragment of SV40 poly(A), and
a 900-bp fragment from the 3′ end of the MLC1f/3f gene,
which acts as an enhancer as previously reported [25].

To determinate the genotypes of the embryos used in
this study, the yolk sack was removed from each embryo
and was used to prepare genomic DNA (deoxyribonucle-
ic acid), according to a modified protocol using pro-
teinase K digestion, isopropanol extraction, and ethanol

precipitation. Oligonucleotide primers FW (forward) (5′-
GTGTCAAGGTTCTATTAGGCACTA-3′) and REV (reverse)
(5′-GTCCTTTACCAATGATGCAGTTTC-3′), were used to
amplify a 331 bp fragment specific to Magic-F1. For each
sample, 20 ng of genomic DNA was subjected to a cycle of
predenaturation (94◦C, 3 minutes and 30 seconds), then to
30 cycles of amplification consisting of denaturing (94◦C,
15 seconds), annealing 56◦C, 30 seconds) and extension
(72◦C, 45 seconds), followed by two additional extensions
at 72◦C, 7 minutes). The amplified products were analyzed
by agarose gel electrophoresis in TBE (Tris Borate EDTA)
1X. To confirm that the absence of the band of some
samples was due to the absence of Magic-F1 gene and not
to the absence of DNA, a PCR (polymerase chain reac-
tion) has been performed for GAPDH (glyceraldehyde-
3-phosphate dehydrogenase) gene, using oligonucleotide
primers FW (5′-GGGTGGAGCCAAACGGGT-3′) and REV
(5′-GGAGTTGCTGTTGAAGTCGCA). For each sample,
20 ng of genomic DNA was subjected to a cycle of predenat-
uration (94◦C, 5 minutes), then to 35 cycles of amplification
consisting of denaturing (94◦C, 60 seconds), annealing
(60◦C, 60 seconds) and extension (72◦C, 60 seconds), fol-
lowed by an additional extension at 72◦C, 7 minutes.

2.3. Plasmid and Riboprobe Synthesis. As probes for
hybridization experiments, human Magic-F1 cDNA
(complementary deoxyribonucleic acid) (1759 bp) was
amplified using oligonucleotide primers FW (5′-
ATGTGGGTGACCAACTCCTG-3′) and REV (5′-
CTAGTGGTGGTGGTGGTGGTG-3′). The amplified pro-
ducts were analyzed by agarose gel electrophoresis in TBE
1X. Magic-F1 bands were excised from the gel, and the
Magic-F1 DNA was extracted (QIAquick Gel Extraction
Kit, QIAgen). Magic-F1 fragments were subcloned into the
pGEM-T Easy Vector System (Promega). Nonradioactive
antisense and sense riboprobes were synthesized by in
vitro transcription using digoxigenin-UTP following the
manufactures instructions (Boehringer Mannheim). Magic-
F1 antisense and sense probes were synthesized using SP6/
T7 RNA (ribonucleic acid) polymerase linearization at a
suitable site: pGEM-T carrying Magic-F1 was digested with
BstXI and Magic-F1 antisense probes were synthesized
using T7 RNA polymerase; Magic-F1 sense probes were
synthesized using SP6 RNA polymerase after digestion with
ApaI restriction enzyme. The Pax3 antisense and sense
probes were produced by T7 and SP6 RNA polymerase
from pCMV-sport6.1 (Invitrogen) carrying Pax3 cDNA after
proper linearization with EcoRI and BamH1, respectively.

2.4. In Situ Hybridization. Whole-mount in situ hybridiza-
tion on mouse embryos was performed as described [26].
Briefly, embryos were dissected free of all membranes
in phosphate-buffered saline (PBS) and fixed in 4%
paraformaldehyde in PBS for 1-2 h at RT (Room Tem-
perature) with slow rocking speed. After washing twice in
PTW (PBS, 0.1% Tween-20), embryos were washed with
50% MeOH/PTW and 100% MeOH then stored in 100%
MeOH at −20◦C for less than a month. For hybridization,
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Figure 1: Magic-F1 transgenic mice. (a) Schematic representation of transgene. (b) Genotyping of 13.5 dpc mouse embryos derived by
hemizygous-matched mice; +, − positive and negative control, respectively.
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Figure 2: Expression of Magic-F1 in whole mount embryos. Lateral view of whole-mount in situ hybridization with digoxigenin labeled
antisense Magic-F1 (a, b, d, e, f, g, h, and i) and sense Magic-F1 (c) cRNA probes as negative control (ctr-). Specific hybrids are visualized as
a purple precipitate in all panels except in (a), 9.5 dpc and (b) 10.5 dpc. (e) Specific Magic-F1 transcripts are detected (f) in the mesodermal
cells of the jaw and hyoid bone; in f, tv: telencephalic vesicles, cmt: mesenchymal cephalic tissue, hb: hindbrain, and ba: branchial arches
where muscles are localized as well as around the eyes; a faint expression is also revealed in tail (g) and dorsal (h) somites, while a strong
signal was selected in somites of fore (f

′
) and hind (h

′
) limb buds (i). In embryos hybridized with sense probe (c) background staining has

not been detected as well as on 11.5 dpc wild type embryo (wt) hybridized with antisense probes (d).
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Figure 3: Transcription expression profile of Pax3 (a–c) and Magic-F1 (d–f) on 11.5 dpc mouse embryos of hemizygous Magic-F1 (a–f)
and wt (g, h) mice by in situ hybridization. In the sagittal section of transgenic embryo, Pax3 riboprobes reveal a strong signal at the level
of hindbrain (arrowhead in a), neuroepithelium of neural tube (arrow in b), and dorsal somites (c); sagittal section of 11.5 dpc embryo
hybridized by Magic-F1 riboprobes (d) shows a similar pattern of Pax3 although no expression was detected at the level of neuroepithelium
of neural tube (arrow in e); specific transcripts are observed in the cervical dorsal (posterior) root ganglion (arrows in c and f) and somites
(arrowheads in f). In 11.5 dpc wt embryo hybridized with Pax3 riboprobes (g), specific transcripts are detected mostly in the cerebellar
primordium (cerebellar rudiment derived from dorsal part of the alar lamina of the Metencephalon) (arrow) and somites in lumbar
region (arrowhead in g), whereas no signal for Magic-F1 has been detected (h). Immunofluorescence analysis confirmed the presence of
recombinant protein at the level of thoracic (i) and lumbar (j) somites in the transgenic embryos, whereas the signal was faint in the wt
embryos (k), probably referred only to the HGF expression at this stage.

embryos were incubated horizontally at 65◦C overnight in
hybridization mix (50% deionized formamide, 1.3xSSC pH
5, 5 mM EDTA pH 8, 50 μg/mL Yeast RNA, 0.2% Tween-
20, 0.5% CHAPS, 100 μg/mL Heparin, ddH2O) with 1 μg/mL
digoxigenin-labeled RNA probes. After in situ hybridization,
the embryos were washed in MABT buffer (100 mM maleic
acid (Sigma), 150 mM NaCl, 0.1% Tween-20, pH 7.5) and
NTMT buffer (100 mM NaCl, 100 mM Tris-HCl pH 9.5,
50 mM MgCl2, 0.1% Tween-20) and incubate with staining
solution (4.5 μg/m NBT and 3.5 μg/mg BCIP). When the
developed color reached the desired extent, embryos were
washed twice with PTW and refixed in 4% HCHO/0.1%
glutaraldehyde/PTW for 2 h at RT or 4◦C overnight.

In situ hybridization on mouse cryostat sections was
performed according to Sally Dunwoodie, NIMR. Briefly, the
sections were fixed 4% paraformaldehyde in PBS, digested
with proteinase K and postfixed. Sections were prehybridized
in hybridization solution without probe (50% deionized

formamide, 10x salt, 250 μg/mL Yeast RNA, 5x Denhardt’s,
50 μg/mL Heparin, 0.1% Tween, ddH2O) in a humid envi-
ronment at 67◦C for 2 h. After incubation, the prehybridiza-
tion buffer was removed and replaced with hybridization
buffer containing everything in the prehybridization buffer
plus 0.1–1 μg/mL labeled cRNA (complementary ribonucleic
acid) riboprobe, denatured for 5 min at 80◦C. A coverslip
was placed over the hybridized area and the slides were
then placed in a moist, closed plastic box and hybridized
overnight at 67◦C h. Following hybridization, the coverslips
were washed off by dipping into 50% formamide, 1xSSC
prewarmed to 67◦C. The tissue was subjected to stringent
washing at 67◦C in 50% formamide, 1xSSC twice for 30 min,
followed by two washes in MABT 1X at RT, for 30 min
each. Slides were exposed to BMpurple (Roche) for 2 h.
Slides were fixed in PFA 4% and washed in PBS, three
times for 5 min. Hybridization signals were observed and
photographed using a Nikon microscope. As a negative



Journal of Biomedicine and Biotechnology 5

Pax3
+/− Wt

Magic-F1
+/− Wt

(a)

(d) (e) (f)

(b) (c)

Figure 4: Expression of Pax3 and Magic-F1 in 13.5 dpc mouse embryos. (a) Sagittal section of 13.5 dpc mouse hybridized by Pax3 riboprobes.
A weak signal of Pax3 transcripts have been detected in Magic-F1 transgenic embryos (+/−) at the level of somites in thoracic (b) and
lumbosacral region; in the wild-type age-matched embryo (wt) the signal appeared slightly stronger (c). A faint signal was detected at the
same stage in transgenic embryos hybridized by Magic-F1 antisense riboprobes (d); mainly, the transgenic expression was localized at the
level of somites as shown at higher magnification in (e). No signal was detected in wild type embryos (wt) by Magic-F1 antisense riboprobes
(f). Arrowheads show somites.

control, specimens were incubated with hybridization buffer
containing digoxigenin labeled riboprobes corresponding to
the sense sequence of Magic-F1.

2.5. Immunochemistry. Cryosections placed in a humid,
closed plastic box were fixed for 10 min in 4% paraformalde-
hyde in PBS, permeabilized in 0.2% Triton and incubated,
first, with a blocking buffer (2% donkey serum) contain-
ing 1% blocking solution in PBS for 30 min at RT and,
then, a second blocking buffer (0.5% mouse serum, 0.5%
goat serum) containing 1% Blocking Solution (Candor-
bioscience GmbH) in PBS for 30 min at RT, followed
by incubation with primary antibodies (goat polyclonal
antibody anti-HGF, 1 : 100 and Mouse monoclonal antibody
anti-Pax3) diluted in 2% BSA (bovine serum albumine) in
PBS overnight at 4◦C. Sections were rinsed three times in PBS
followed by a 2 h incubation with fluorescein-conjugated
anti-mouse and anti-goat antibodies diluted 1/1500. Slides
were stained with Hoechst dye and mounted in Fluor-
Save. Stained cryosections were observed on an upright
microscope Nikon Vico TE-2000 (Nikon, Japan).

3. Results and Discussion

3.1. PCR Analysis. PCR analysis of Magic-F1 showed trans-
gene expression in all the embryonic developmental stages
analyzed and an example at stage 13.5 dpc is reported in
Figure 1(b). As expected, no signal was detected in the wild-
type embryos due to the high specificity of the primers able
to discriminate between HGF and the recombinant protein
Magic-F1.

3.2. Whole-Mount In Situ Hybridization. Whole-mount in
situ hybridization was performed to detect Magic-F1 and
Pax3 mRNA (messenger ribonucleic acid) in embryos at early
stages of development (9.5, 10.5 and 11.5 dpc).

Magic-F1 expression was detected in bone cartilage pri-
mordia, dorsal somites, in tail and limb buds, where Pax3
signal appears to be downregulated respect to the wt
embryos. At 9.5 dpc (30 somite stage) and 10.5 dpc (40
somite stage) (Figures 2(a) and 2(b)), in situ hybridization
analysis with digoxigenin- (DIG-) labeled antisense probes
showed no expression of Magic-F1 transcript. Magic-F1
transcripts (Figure 2(e)) have been detected from stage of
11.5 dpc (58 somite stage) in developing organs and tissues
of mesenchymal origin. Specifically, positive signal was
observed in mesodermal cells of the jaw, hyoid bone and in
pharyngeal (or brachial) arches from which branchiomeric
muscles are formed. This expression profile confirmed the
muscle specificity of the MLC1F (myosin light chain type 1F)
promoter, regulating Magic-F1 transcription. Furthermore,
specific hybrids were also detected around the eyes at the level
of the choroid coat and the sclera, both of mesenchymal ori-
gin, on the ventral and dorsal side of limb buds (Figure 2(d)),
in the dorsal side of some rostral somites (Figure 2(h)), and
in the tail bud (Figure 2(g)). No signal was observed in the
embryos hybridized with the sense riboprobe (Figure 2(i)).
The somites begin to form at the 7.75–8.0 dpc, and, after
condensation, they begin to differentiate into three compart-
ments: the sclerotome, the dermatome, and myotome. At
11.5 dpc (58 somite stage), Magic-F1 transcripts have been
detected in all three compartments (sclerotome, dermatome,
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Figure 5: Expression of Pax3 and Magic-F1 at 15.5 dpc. Sagittal section of 15.5 dpc mouse hybridized with digoxigenin-labeled antisense
Pax3 riboprobes (a); specific Pax3 transcripts are localized in cartilage primordium of tail vertebral body, cutaneous muscles (arrow) of
thorax and trunk regions and in mid-cervical region of spinal cord (double arrow) as shown in (b); expression was also localized in cartilage
primordium (arrowhead) of dorsal part of shaft region (c); (d) sagittal section of 15.5 dpc mouse hybridized with Magic-F1 cRNA probes and
signal is observed in cartilage primordium of anterior arch of cervical vertebra (arrowheads) and right lobe of thymus gland (arrow); specific
Magic-F1 transcripts are also localized in cutaneous muscles (arrow) of thorax and trunk regions (e); (f) higher magnification cartilage
primordium of dorsal part of shaft region of ribs.

and myotome) originating from somites. No signal was
detected in wt embryos at the same stage.

3.3. In Situ Hybridization on Cryostat Sections. In situ hy-
bridization on 10 μm-cryostat sections was performed to
localize Magic-F1 and Pax3 transcripts in embryos at later
stages of development (11.5–13.5–15.5–17.5 dpc), since the
large size of the samples did not allow a full penetration of
the probes.

At 11.5 dpc, transgenic mouse embryos showed Pax3
transcripts expression at the level of hindbrain (Figure 3(a)),
neuroepithelium of neural tube (Figure 3(b)), and dorsal
somites (Figure 3(c)). Magic-F1 riboprobes showed a similar
expression pattern (Figure 3(d)) reported for Pax3 although
the signal was no detected at the level of neuroepithelium
of neural tube in embryos at the same stage (Figure 3(e)).
Specific transcripts were also observed in the cervical dorsal

(posterior) root ganglion (Figures 3(c) and 3(f)) and somites
(Figure 3(f)). In addition, at this stage, Pax3 signal can be
observed in wt embryos mainly in the cerebellar primordium
and somites in lumbar region (Figure 3(f)), whereas no
signal for Magic-F1 has been detected (Figure 3(g)).

3.4. Localization of Pax3 and Magi-F1 Proteins and Tran-
scripts. Immunofluorescence analysis was performed to
localize the presence of recombinant protein. In transgenic
embryos at 11.5 dpc, MAGIC-F1 was mainly detected at
the level of thoracic (Figure 3(i)) and lumbar (Figure 3(j))
somites, whereas a faint signal was detected in wt embryos
(Figure 3(k)), probably due to the interference with HGF
localization in the same area. At 13.5 dpc, transgenic embryos
showed a weak signal of Pax3 at the level of somites in
thoracic (Figure 4(a)) and lumbosacral region (Figure 4(b)),
whereas in the wild-type embryo, the signal appeared slightly
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Figure 6: Expression of Pax3 and Magic-F1 at 17.5 dpc. Specific Pax3 transcripts are localized on sagittal sections of 17.5 dpc at the level of
the head (a), in the nucleus pulposus (b) of lumbar intervertebral disc (arrows) of the trunk, and in cartilage primordium (arrowheads) and
wall of spinal cord in midlumbar region (double arrow) as shown in (b) and in cartilage primordium of dorsal part of ribs (c). (d) Magic-F1
signal was observed at the level of cartilage primordium (arrows) of vertebrae.

stronger (Figure 4(c)). A weak signal have been detected in
transgenic embryos hybridized by Magic-F1 antisense ribo-
probes (Figure 4(d)), where Magic-F1 was mainly expressed
at the level of somites (Figure 4(e)), whereas no signal
was detected in wild-type embryos (Figure 4(f)). Specific
Pax3 transcripts can be detected at later stage (15.5 dpc)
(Figure 5(a)) in cartilage primordium of tail vertebral body,
cutaneous muscles of thorax and trunk regions, and in mid-
cervical region of spinal cord (Figure 5(b)). In addition,
at this stage, Pax3 expression demarcated also cartilage
primordium of dorsal part of shaft region (Figure 5(c)). In
sagittal section of 15.5 dpc embryo hybridized with Magic-
F1 cRNA probes a strong signal was detected in cartilage pri-
mordium of anterior arch of cervical vertebra and right lobe
of thymus gland (Figure 5(d)). Consisted with this, Magic-F1
resulted to be also expressed in cutaneous muscles of thorax
and trunk regions (Figure 5(e)) and in primordium of dorsal
part of shaft region of ribs (Figure 5(f)). From 17.5 dpc
sagittal sections at the level of the head (Figure 6(a)), Pax3
signal was detected in the trunk nucleus pulposus in central
part of lumbar intervertebral disc (Figure 6(b)) and in
cartilage primordium of dorsal part of ribs (Figure 6(c)).
At this stage, Magic-F1 expression was observed at the level
of cartilage primordium of vertebrae (Figure 6(d)). These
data suggest a role of this factor in muscle development
possibly triggering the premature downregulation of Pax3
signal pathway in skeletal muscle precursor cells.

4. Conclusion

Taken together, our data show that Magic-F1 is localized
in specific expression pattern in the developing muscular
tissues. This could be relevant with the muscle phenotype
previously observed in the transgenic animal model. The
recombinant protein can be considered as a novel member
of Met signaling, since it has been shown to interact with,
and thus interfering with, cell migration and myogenesis. It is
noteworthy that Magic-F1 expression pattern is overlapping
with Pax3, however, limited only in developing muscular

tissue, where exerts its myogenic potential. In fact, Pax3 is
able to activate Myf5 (Myogenic factor 5) myogenic master
gene [25], leading to the formation of skeletal muscle. In
addition, Pax3 orchestrates FGF (fibroblast growth factor)
cascade [27], targeting directly Fgfr4 (fibroblast growth fac-
tor receptor 4) and Sprouty1 known to inhibit FGF pathway.
Magic-F1 may interfere with the balance between stem cell
self-renewal and cell differentiation in developing muscles,
mainly operated by Pax3 and Pax7 (paired box gene 7) [28].
It is unlikely that it is directly involved in stem-cell renewal;
however, competing with HGF, the natural Met ligand could
be move the balance towards muscle differentiation.

Further studies are necessary to elucidate Magic-F1
specific role in cell specification and differentiation during
embryogenesis.
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M. Buckingham, “A Pax3/Dmrt2/Myf5 regulatory cascade
functions at the onset of myogenesis,” Plos Genetics, vol. 6, no.
4, Article ID e1000897, 2010.

[28] M. Lagha, J. D. Kormish, D. Rocancourt et al., “Pax3 regulation
of FGF signaling affects the progression of embryonic progen-
itor cells into the myogenic program,” Genes & Development,
vol. 22, no. 13, pp. 1828–1837, 2008.



Hindawi Publishing Corporation
Journal of Biomedicine and Biotechnology
Volume 2011, Article ID 435271, 12 pages
doi:10.1155/2011/435271

Research Article

Facilitated Cross-Bridge Interactions with
Thin Filaments by Familial Hypertrophic Cardiomyopathy
Mutations in α-Tropomyosin

Fang Wang,1, 2 Nicolas M. Brunet,3 Justin R. Grubich,1, 4

Ewa A. Bienkiewicz,5 Thomas M. Asbury,6, 7, 8 Lisa A. Compton,1, 9
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Familial hypertrophic cardiomyopathy (FHC) is a disease of cardiac sarcomeres. To identify molecular mechanisms underlying
FHC pathology, functional and structural differences in three FHC-related mutations in recombinant α-Tm (V95A, D175N, and
E180G) were characterized using both conventional and modified in vitro motility assays and circular dichroism spectroscopy.
Mutant Tm’s exhibited reduced α-helical structure and increased unordered structure. When thin filaments were fully occupied
by regulatory proteins, little or no motion was detected at pCa 9, and maximum speed (pCa 5) was similar for all tropomyosins.
Ca2+-responsiveness of filament sliding speed was increased either by increased pCa50 (V95A), reduced cooperativity n (D175N),
or both (E180G). When temperature was increased, thin filaments with E180G exhibited dysregulation at temperatures ∼10◦C
lower, and much closer to body temperature, than WT. When HMM density was reduced, thin filaments with D175N required
fewer motors to initiate sliding or achieve maximum sliding speed.

1. Introduction

Familial hypertrophic cardiomyopathy (FHC) is a disease
of cardiac sarcomeres, with causal mutations identified in
a variety of myofilament proteins including thin filament
Ca2+-regulatory proteins [1–5]. Many mutations in car-
diac troponin I (cTnI, the inhibitory subunit of the tro-
ponin complex, Tn) and cardiac troponin T (cTnT, Tn’s tro-

pomyosin-binding subunit) enhance contractile function at
subsaturating, and in some instances at saturating [Ca2+] [6–
13]. Cardiac α-tropomyosin (α-Tm) is a third component
of the thin filament associated with FHC [14, 15] that
could have a central role in functional enhancement by FHC
mutations, at least at subsaturating levels of [Ca2+], although
wild-type Tm by itself (i.e., in the absence of Tn) does not
enhance function [7, 16, 17].
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The Tm molecule is an α-helical coiled-coil dimer that
binds head to tail with adjacent Tm’s to form a continuous
strand, with two Tm strands associated with an F-actin
[18]. Each Tm is associated with seven actin monomers and
one ternary complex of Tn to form a structural regulatory
unit that blocks strong myosin cross-bridge formation in
the absence of Ca2+ (blocked state) [19]. Ca2+ binding to
troponin C (TnC, Tn’s Ca2+-binding subunit) permits Tm
movement on the thin filament to partially expose strong
cross-bridge binding sites on actin (closed state), with
further movement to the open state upon binding of myosin
[19]. Some FHC mutations in α-Tm have been shown to
reduce Tm’s affinity for actin in vitro in the absence of Tn
[20, 21] and may additionally destabilize Tn binding [22];
they further reduce the thermal stability of α-helix structure
content in isolated Tm [21, 23, 24] or in actin-Tm [24].
It is not known, however, to what extent these structural
changes and changes in thermal stability of Tm influence the
function of regulated thin filaments.

Several FHC mutations in Tm may enhance some aspects
of actomyosin function, but only at subsaturating and not
saturating [Ca2+]. V95A increased Ca2+-sensitivity but also
caused small decreases in the maximum solution ATPase ac-
tivity, maximum speed of filament sliding in motility assays,
and maximum Ca2+-activatable tension in thin filament-re-
constituted cardiac preparations [15, 22, 25]. E180G in-
creased Ca2+-sensitivity of tension in thin filament-recon-
stituted cardiac preparations [25], and both D175N and
E180G increased Ca2+-sensitivity of the fraction of motile
filaments in motility assays [26]. Maximum filament sliding
speed was unchanged by D175N or E180G when the ternary
complex of cardiac Tn (cTn) was used [26] but increased
with skeletal Tn (sTn) [20]. Vastus lateralis fibers from pa-
tients with the D175N mutation exhibited increased Ca2+-
sensitivity of isometric force compared with control fibers,
with no change in maximum force or shortening velocity
[27]. Maximum Ca2+-activatable tension in thin filament-
reconstituted cardiac preparations was decreased for D175N
but not E180G, while total maximum tension was unchanged
for D175N but increased for E180G; this was attributable
to increases in Ca2+-independent tension for both D175N
and E180G, and V95A, too [25]. In a transgenic (Tg) mouse
model, the E180G mutation leads to cardiac hypertrophy and
increased mortality [28, 29]. These results from disparate
assays indicate that FHC-related mutations require more
thorough functional analysis at the level of single thin fila-
ments to understand molecular mechanisms of the disease,
and to allow for testing of potential therapeutic agents.

We therefore examined the influence of three FHC
mutants in α-Tm on structure and Ca2+ activation of cardiac
thin filaments under unloaded conditions. Thin filaments
were reconstituted from recombinant, human α-GS-Tm WT,
mutants E180G, D175N, or V95A, and cTn, and in vitro
motility assays were used to examine function at the level
of individual filaments. The three mutants increased Ca2+-
responsiveness of filament sliding speed at 30◦C with no
change in the maximum or minimum speeds at pCa 5 or
pCa 9, respectively, when thin filaments were saturated with
regulatory proteins. Increased Ca2+-responsiveness by FHC

mutations was associated with greater structural disorder
by circular dichroism spectroscopy (CD) at 25◦C; E180G
exhibited reduced functional stability at ∼10◦C lower than
WT when temperature was varied in motility assays at pCa 5.
Cross-bridge duty ratio was lower by ∼30% with regulated
thin filaments at pCa 5 and 30◦C than with unregulated
F-actin; duty ratio was similarly lower for thin filaments
reconstituted with cTn and mutants D175N and E180G. In
addition, enhancement of sliding speed for thin filaments
reconstituted with D175N occurred at lower HMM densities
than for WT or E180G. These results support the hypothesis
that structural destabilization of α-Tm may play a role in
functional enhancement by FHC-related mutations when
there are few cross-bridges and could in some cases lead
to loss of regulation (diastolic dysfunction) under normally
minor perturbations of cellular conditions such as slight
elevation of body core temperature during exercise.

2. Materials and Methods

2.1. Tropomyosin. Full-length human α-Tm (accession no.
M19713) and, for comparison in structural assays, β-Tm
(accession no. X06825) cDNAs were PCR amplified from a
Marathon-Ready cDNA Library (CLONTECH Laboratories
Inc., Palo Alto, Calif, USA) made from human cardiac tissue.
Both PCR products were confirmed by sequencing. The α-
and β-Tm constructs were engineered with a BamHI site just
before the start codon and a SalI site just after the stop codon
by PCR using Pfu Turbo DNA polymerase (Stratagene Inc.,
Cedar Creek, Tex, USA). Inserts were ligated to maltose-
binding protein (MBP) fusion expression vector pMAL-c2
(New England BioLabs Inc., Beverly, Mass, USA) in which a
thrombin cleavage site had been engineered. DH5α cells were
transformed with the ligation mixtures, and the positive
clones were identified by PCR with the same primers used
for cloning. The recombinant plasmids were extracted for
expression and mutagenesis (α-Tm only).

Three α-Tm mutants, α-TmV95A, D175N, and E180G,
were generated by PCR using QuikChange XL Site-Directed
Mutagenesis system (Stratagene). Reactions were carried out
per manufacturer’s instructions with the template of α-
Tm/pMAL-c2 plasmid and primer pairs:

pTmV95Af: 5′-CGCATCCAGCTGGCTGAGGAA-
GAGTTGG-3′

pTmV95Ar: 5′-CCAACTCTTCCTCAGCCAGCTG-
GATGCG-3′

pTmD175Nf: 5′-G G T C A T C A T T G A G A G -
CAACCTGGAACGTGC-3′

pTmD175Nr: 5′-GCACGTTCCAGGTTGCTCTC-
AATGATGACC-3′

pTmE180Gf: 5′-C G A C C T G G A A C G T G C -
AGGAGAGCGGGCTGAGCTCTC-3′

pTmE180Gr: 5′-G A G A G C T C A G C C C G C -
TCTCCTGCACGTTCCAGGTCG-3′

Plasmids extracted from three transformed mutants were
sequenced with primers targeted at the flanks of MCS on
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Figure 1: SDS-PAGE analysis of representative protein prepara-
tions. Gel was 4–12% polyacrylamide gradient (Invitrogen) and
was stained with Coomassie brilliant blue. Lanes 1 and 11: MW
markers (Invitrogen See Blue Plus 2; MWs given at right). Lane
2: rabbit skeletal muscle HMM. Lane 3: rabbit skeletal muscle
actin. Lane 4: recombinant rat cardiac troponin (for reference only).
Lane 5: human cTn (HcTn; Research Diagnostics). Lane 6: recom-
binant β-GS-Tm WT. Lane 7: recombinant α-GS-Tm WT. Lane
8: recombinant α-GS-Tm E180G. Lane 9: recombinant α-GS-Tm
D175N. Lane 10: recombinant α-GS-Tm V95A.

pMAL-c2 vector to confirm sequence changes in the mu-
tants.

For expression, competent E. coli BL21 (DE3) cells
(Novagen Inc., Madison, Wis, USA) were transformed with
cDNA/pMAL-c2 plasmids for α-Tm, β-Tm, or the α-Tm
mutants. Single colonies were grown at 37◦C to an OD600 of
0.5, followed by IPTG induction. The cells were harvested,
resuspended in column buffer (20 mM Tris.Cl, pH 7.4,
10 mM β-mercaptoethanol, 200 mM NaCl, and 1 mM EDTA),
lysed with mild sonication, centrifuged at 12,000 g, passed
over an amylose affinity column (New England BioLabs
Inc.), and eluted with column buffer containing 10 mM mal-
tose. Fusion proteins were cleaved with thrombin (Sigma, St.
Louis, Mo, USA) at 1 unit of thrombin per mg of protein in
column buffer for 4 hrs at room temperature. The liberated
recombinant Tm homodimers were purified on a Mono Q
column (Pharmacia Biotech, Uppsala, Sweden) by high per-
formance liquid chromatography (HPLC) with a gradient
elution (buffer A: 20 mM Tris·Cl, pH 8.0, 25 mM NaCl; buff-
er B: buffer A containing 500 mM NaCl). The BamHI site
on pMAL-c2 vector is integral to the thrombin cleavage re-
gion so all recombinant Tm’s have two extra-amino acids
(GS-) at the N-terminus; GS-represents a conservative alter-
native to the AS-dipeptide in bacterially expressed Tm that
substitutes functionally for N-terminal acetylation [21, 30].
The purified recombinant proteins (Figure 1) were concen-
trated, aliquoted, and stored at −80◦C in HPLC elution buf-
fer until use [22, 25, 31].

2.2. Myosin, Heavy Meromyosin, Actin, and Troponin. Myo-
sin and muscle acetone powder were made from rabbit back

and leg muscles as previously described [8, 31–34]. Animal
handling was in accordance with the current US National
Institutes of Health/National Research Council Guide for
the Care and Use of Laboratory Animals. All procedures and
protocols were approved by Florida State University’s Insti-
tutional Animal Care and Use Committee. Adult male New
Zealand white rabbits were anesthetized with 10 mg/kg
Xylazine + 50 mg/kg of Ketamine + 3 mg Acepromazine in
physiological saline (IM). Following verification of appro-
priate surgical depth of anesthesia, the animal was exsan-
guinated, skinned, eviscerated, and chilled on ice. Back and
leg muscles were removed for the isolation of the desired
proteins. F-actin was prepared from muscle acetone powder;
aliquots of F-actin were labeled with rhodamine-phalloidin
(RhPh) for fluorescence microscopy [8, 31, 32, 35]. Heavy
meromyosin (HMM) was prepared by chymotryptic diges-
tion of myosin [8, 31, 32, 35]. Native human cardiac tro-
ponin (HcTn) was obtained from Research Diagnostics
(Flanders, NJ, USA). SDS-PAGE analysis of representative
batches of proteins is shown in Figure 1.

2.3. SDS-PAGE and Western Blotting. Proteins were analyzed
by SDS-PAGE and Western blotting. SDS-PAGE was con-
ducted with 4–12% SDS-PAGE gels (Invitrogen Inc., Carls-
bad, Calif, USA). Gels were either stained with Coomassie
brilliant blue (Sigma) to visualize proteins (Figure 1) and
analyzed with an EDAS-290 digital imaging system (Kodak,
Rochester, NY, USA), or were used to transfer proteins to
nitrocellulose (NC) membranes (BIO-RAD, Hercules, Calif,
USA) at 30 mA, 4◦C for overnight. NC membranes were
rinsed for 2 min in TBS-T buffer (20 mM Tris·Cl, 150 mM
NaCl, 0.05% Tween-20, pH 7.5), blocked for 1 hr at room
temperature in TBS-T containing 2% BSA (Sigma), then
incubated with rabbit anti-Tm antibody (Sigma, T3651) in
TBS-T (1 : 3000) for 1 hr at room temperature. Bound anti-
body was detected using horseradish peroxidase-conjugated
anti-rabbit IgG, followed by enhanced chemiluminescence
reaction with ECL Plus Kit (Amersham Biosciences, Little
Chalfont, Buckinghamshire, UK). Finally, the blots were
exposed to Kodak X-ray film (Kodak, Rochester, NY, USA).

2.4. Circular Dichroism Spectroscopy. α-Tm, β-Tm, and three
α-Tm mutants were dialyzed against CD buffer (20 mM
sodium phosphate, 20 mM NaCl, pH 7.4) and concentrated
using Centricon concentrators of 30,000 MW cut off (Mil-
lipore Corporation, Bedford, Mass, USA). Protein concen-
tration was determined in CD buffer (in absence or presence
[36] of 6 M urea) from A280 using an extinction coefficient of
8700 M−1 cm−1 (http://us.expasy.org/). Data were collected
at Tm concentrations of ∼3–9 μM on an AVIV model 202
spectrometer (Aviv Biomedical Inc, Lakewood, NJ, USA) us-
ing a 1 mm cuvette and wavelength range of 190–260 nm at
25◦C. Each sample was equilibrated for 10 min prior to data
collection and scanned three times with 0.4 or 0.5 nm wave-
length steps and averaging time of 1 s. Molar ellipticity at
222 nm ([θ]222) was used to calculate α-helix content [37],
and the elements of the secondary structure were analyzed
with CDPro [38] using basis set 4. CD data represent the
average of 2-3 independent experiments. The instrument
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was calibrated with ammonium (+)-camphor-10-sulfonate
(CSA) using the two-point method [39].

2.5. In Vitro Motility Assays. In vitro motility assays with
regulated thin filaments were carried out essentially as de-
scribed [8, 31, 32, 35, 40]. HMM was deposited in flow cells
constructed with NC-coated coverslips. Motion of RhPh-
labeled filaments was visualized by fluorescence microscopy
and a SIT camera and recorded on VHS videocassettes.
Motility assays were conducted at 30◦C unless otherwise
indicated. Control assays with unregulated F-actin were con-
ducted in actin buffer (AB: 25 mM KCl, 25 mM imidazole,
4 mM MgCl2, 1 mM EGTA, 1 mM DTT, and pH 7.4) [35]
with 2 mM ATP and 0.3% methylcellulose (MC), or at pCa
5 without cTn or Tm. Solution composition for assays with
regulated thin filaments was calculated as described [8, 31,
40]. Solutions contained 2 mM MgATP, 1 mM Mg2+, 10 mM
EGTA, sufficient Ca(CH3COO)2 to achieve the desired pCa
(pCa 9–4) (pCa = −log[Ca2+], where [Ca2+] is in molar),
50 mM K+, 15 mM Na+, 20 mM MOPS, pH 7.00 at 30◦C,
0.5% MC, and cTn and Tm (see below). Γ/2 was adjusted
to 0.085 M with TrisOH and acetic acid. To minimize
fluorophore photobleaching and photo-oxidative damage to
the proteins, 3 mg/mL glucose, 100 μg/mL glucose oxidase,
18 μg/mL catalase, and 40 mM DTT were added to motility
buffers.

Regulated thin filaments were reconstituted in the flow
cell [8, 31, 40]. Regulatory protein concentrations were
125 nM in the reconstitution buffer and motility buffer.
At 125 nM HcTn plus 125 nM Tm, filaments were “well
regulated” as demonstrated by the absence of movement at
pCa 9 and essentially all filaments moving rapidly at pCa 5.

2.6. Temperature Dependence of Filament Sliding Speed.
Motility data were collected during continuously varying
temperature transients as described [41, 42]. Flow cells were
modified by photolithographic fabrication of a heater (thin
Au film, 80–100 nm thick) and a gold resistive thermometer
(10 mm wide and 80 nm thick stripes) onto opposite sides
of the glass coverslip. The heater and thermometer were
independently biased by two DC source meters (Keithley,
MODEL 2400) that also measured the voltage drop over the
thermometer stripe in a four-probe configuration. Exper-
imental control and data acquisition were accomplished
with a custom LabVIEW program. Thermometers were elec-
trically insulated with GE varnish and calibrated over
the temperature range 10–70◦C. The thermoelectric heater
covered most of the flow cell except for a small central win-
dow for observation of filament sliding, with the thermome-
ter stripe located ∼500 μm from the window’s edge. Flow
cell heating was achieved using 0.8-0.9 A current which was
turned off during cooling. The low starting temperature
(14–18◦C) and the cooling process were realized by chilled
water flowing through a copper coil wrapped around the
microscope objective.

2.7. Motion Analysis. Two approaches were used to quantify
the speed of filament sliding. The first semiautomated ap-
proach was used to determine Ca2+-dependence of sliding

speed. Digital movies were recorded directly from the video
signal or from videotape using a DC2 interface w/B&W
adapter hardware (Miglia Tech., Ltd., Chesham, UK) con-
nected to a Macintosh G4 with iMovie software. Movies were
stored in QuickTime format. Custom software for filament
tracking (motion analysis) was developed in the Linux envi-
ronment and consists of image analysis software written in
C++ with scripting and interface modules written in Python.

The image analysis software reads as input a series of
images and outputs a list of filament paths. Initially, each
frame of the digitized sequence was converted into a binary
image using the Canny edge detection algorithm. For all
detected edges, a centroid was computed and compared
to the previous frame. Paths were constructed for objects
whose current centroid was within a user-defined measure
of tolerance of its predicted value. If a centroid was outside
of these bounds, a new path was created and a current path
may be ended. Each output path thus lists every member
edge’s centroid, length, head, and tail for all constituent
frames. User-defined parameters control variables such as
edge thresholding and minimum path length. Individual
filament paths were retained when the centroid could be
unambiguously tracked for ≥2 s. Speed statistics were cal-
culated for each retained path. The ratio of SD/mean speed
was calculated for each path as an indicator of uniformity
of motion [32, 43], and filaments were accepted as moving
uniformly when this ratio was <0.3. For each flow cell at a
given condition, the fraction of uniformly moving filaments
and their unweighted mean speed (±SD) was computed
from all retained paths; the typical number of paths analyzed
per flow cell was in the hundreds.

The second approach for motion analysis was used to
determine the sliding speed of filaments during short time
intervals (e.g., during continual variation of temperature)
and to correlate sliding speed with the length of individual
filaments (e.g., duty ratio experiments). This procedure util-
ized MetaMorph (Universal Imaging) and was carried out
as described [41, 42]. Stacks of frames were created from
digitized movies, and filament paths were visualized by
superimposing all frames of one stack to form a projection
and subtracting the image of the first frame. For each stack,
4–8 filaments were randomly selected, and the distance
traveled (d) was determined by measuring the residual con-
tour line for each filament path. Speed was determined as
d/(Δt(#frames − 1)), where Δt (Δt = 0.0333 s) is deter-
mined by the 30 frames-per-second video recording. Con-
tour length of each filament was also recorded.

2.8. Cross-Bridge Duty Ratio during Unloaded Filament Slid-
ing. Cross-bridge duty ratio ( f ) during unloaded filament
sliding was estimated at pCa 5 using the method of Uyeda
et al. [44]. Motility data were obtained as described above for
regulated thin filaments and unregulated F-actin as a func-
tion of the density, ρ, of competent HMM on the flow cell
surface, where ρ was varied by applying different concen-
trations of HMM in the initial sequence of solutions added
to each flow cell. In separate experiments, ρ was determined
from K-EDTA ATPase assays [16, 44]. Speeds of individual
filaments and their contour lengths were measured as
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described above. The filament length dependence of speed
was fitted to an equation that describes the interaction
between myosin and actin in a stochastic manner, based on
the idea that f is equal to the probability that a myosin head
is in the strong actin-binding state of its cross-bridge cycle,
and that filaments will move at their maximum speed only if
there is at least one cross-bridge at any given time [44]:

s = η
(
ρ
)× sm ×

{
1− (1− f

)N}, (1)

where s is the experimentally measured speed, sm is the in-
trinsic maximum sliding speed, and η(ρ) is a number be-
tween 0 and 1 that represents the efficiency by which force
generated by a single myosin head is translated into sliding
speed at a given ρ; the regression parameters are f and
η(ρ) × sm. The number of myosin motor domains (N)
available for interaction with a filament of a given length l
was calculated according to either the band model [44]:

N = 30ρl, (2)

where the constant 30 has units of nm and represents twice
the reach of a myosin motor domain, or the nearest neighbor
model [44, 45]:

N = l
(
π × ρ

ln 2

)1/2

. (3)

2.9. Statistical Analyses. Ca2+-dependence of filament sliding
speed was assessed by fitting data to a modified form of
the Hill equation (4) by nonlinear least squares regression
(SigmaPlot ver. 8.0; SPSS Inc., Richmond, Calif, USA):

su = smax

1 + 10n(pCa−pCa50) + smin. (4)

Equation (4) has four regression parameters: smax is the
maximum Ca2+-activated speed obtained at high [Ca2+] (low
pCa); smin is the speed at low [Ca2+] (high pCa); pCa50 is
an indicator of Ca2+-sensitivity and is the pCa needed for
the value su − smin to reach 50% of smax; n is an estimate of
the slope around pCa50 and is an indicator of cooperativity.
Regression parameter estimates are given ±standard error
of the regression. Statistical differences between regression
parameter estimates (e.g., mutant versus WT) were evaluated
for (4) by determining whether the difference deviated signif-
icantly from zero (SigmaPlot); parameters were considered
to be significantly different when P < 0.05.

3. Results and Discussion

3.1. Maximum and Minimum Speeds of Filament Sliding. All
motility assays with regulated thin filaments reconstituted
with HcTn and α-GS-Tm WT, β-GS-Tm WT, or α-GS-
Tm mutants were considered to be well regulated [31, 32,
40], that is, there was little or no motion at pCa 9, and
fast uniform sliding at pCa 5 (Figure 2), indicating that
both WT and mutants support complete Ca2+-regulation
when thin filaments are saturated with regulatory proteins.
These unloaded motility data contrast with isometric force
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Figure 2: In vitro motility speeds at pCa 5 (solid bars) or pCa
9 (open bars) for regulated thin filaments (α-GS-Tm WT, α-GS-
Tm V95A, α-GS-Tm D175N, α-GS-Tm E180G, or β-GS-Tm WT
and HcTn), or at pCa 5 (solid bars) or in actin buffer (AB)-based
motility buffer (pCa ∼9; see Section 2.5) for unregulated F-actin.
Values are the weighted mean + S.D. for 4–10 flow cells (weighted
by the number of filament paths tracked in each flow cell).

measurements in thin filament-reconstituted cardiac prepa-
rations which exhibited active force generation in the absence
of Ca2+ when V95A, D175N, or E180G replaced WT α-Tm
[25] although this difference may at least partially reflect
altered affinity of mutant Tm for F-actin and/or Tn [22] and
experimental conditions where thin filaments may not have
been fully saturated with regulatory proteins; it remains to be
seen which condition more closely reflects diastole in FHC
patients with these mutations. Unregulated F-actin exhibited
similar speeds at both high and low [Ca2+] (Figure 2) as
reported previously [32, 43]. At pCa 5, smax values for regu-
lated thin filaments were 53–72% faster than for unregulated
F-actin Figure 2; this result with HcTn and α-Tm agrees with
our previous report [31] and compares with the enhance-
ment of sliding speed by regulatory proteins from rabbit
skeletal muscle [32, 46]. There was no significant difference
between the speed at pCa 5 for thin filaments reconstituted
with α-GS-Tm WT compared with any of the three mutants
or β-GS-Tm WT (Figure 2). Tm alone (i.e., nonmutant Tm in
the absence of troponin) does not enhance smax [7, 16, 17],
and, thus, this effect may be more intimately linked to
troponin than Tm [7, 47], as further implicated by FHC
mutant data (Figure 2) [8]. In support of this idea, mutations
D175N and E180G in human α-Tm were previously reported
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Table 1: Motility speed-pCa regression parameter estimates for
regulated thin filaments containing HcTn and WT or mutant
tropomyosin.

α-GS-Tm α-GS-Tm α-GS-Tm α-GS-Tm

WT V95A D175N E180G

pCa50 6.52± 0.07 6.63± 0.03∗ 6.72± 0.12 7.16± 0.03∗

N 2.3± 0.7 2.5± 0.4 1.4 ± 0.5∗ 1.7± 0.2∗

Speed-pCa data from regulated motility assays (Figure 3) were fit to (4)
by nonlinear least squares regression (Methods). Values are regression
parameter estimates ±SE. Parameter estimates of pCa50 and n that are
significantly different from those for α-GS-Tm WT are indicated by ∗(P <
0.05).

to increase smax relative to WT, but only when coupled with
rabbit sTn [20, 26] and not with human cTn (Figure 2) [26].

The data in Figure 2 are generally compatible with
reports in which disparate experimental systems were used,
with the exception of thin filament-reconstituted cardiac
preparations at low Ca2+, that these FHC-related mutations
in α-Tm have generally small effects on function at very
low or at saturating Ca2+ levels [15, 22, 25–27, 48, 49].
Decreased maximum ATPase activity and smax were found
with V95A [15, 22] although these changes were small
(<10%) and are not incompatible with our data (Figure 2).
Increased maximum isometric force was previously reported
in preparations from α-Tm E180G Tg mice [50] and thin
filament-reconstituted cardiac preparations at saturating
Ca2+ [25] although FHC-related changes in unloaded smax in
motility assays or Vmax in fibers are not necessarily associated
with corresponding changes in maximum isometric force [8,
11]. Thus, in conditions where thin filaments were saturated
with Tn and Tm, the three mutations did not significantly
affect the regulatory proteins’ ability to inhibit actomyosin
cycling at low [Ca2+] and also had little or no effect on
maximum unloaded filament sliding speed.

3.2. Ca2+-Dependence of Filament Sliding. Sliding speed
increased monotonically as [Ca2+] increased (pCa decreased)
for filaments reconstituted with HcTn and α-GS-Tm WT
(Figure 3(a)). The data were well fit by the Hill relation, (4)
(R2 = 0.928; Figure 3(a)) and regression parameter estimates
for pCa50 and n are given in Table 1. Ca2+-dependence of
sliding speed for regulated thin filaments containing
mutant Tm was shifted leftward (increased Ca2+-sensitivity)
relative to α-GS-Tm WT (Figures 3(b)–3(d)). Regression
estimates of pCa50 (4) increased by 0.11–0.64 pCa units
relative to α-GS-Tm WT and were significant (P < 0.05)
for the V95A and E180G mutations, although not for the
D175N mutation (Table 1). The cooperativity parameter
n (4) was significantly reduced for both the D175N and
E180G mutations compared with WT (Table 1); this result
translated into an increase in Ca2+-responsiveness for the
D175N mutant, too, even though pCa50 was not significantly
affected (Figure 3; Table 1).

Our results with regulated thin filaments containing hu-
man α-Tm and cTn (Figure 3; Table 1) are in general agree-
ment with previous studies when direct comparisons can be
made (see Section 1), but there are also specific differences

in reported effects of these Tm mutations on contractile
performance. Rat cardiac myocytes transfected with human
α-Tm D175N exhibited no effect on the isometric force-pCa
relation or maximum force [48] although Tg rats expressing
human D175N exhibited a reduction in Ca2+-sensitivity of
force compared with WT [51]. Thin filament-reconstituted
cardiac preparations exhibited increased Ca2+-sensitivity of
isometric force with V95A and E180G [25], as observed
in motility assays (Figure 3; Table 1), and cooperativity was
reduced for all three mutants [25]. Where differences were
observed, they may depend on whether the assays test
isometric or isotonic function which have different rate-lim-
iting steps although another source of variability may derive
from combining protein isoforms from different species.
Differences could also stem from the use of homo-dimers of
Tm (both with respect to isoforms and mutations) in most
in vitro experiments, while varying proportions of homo-
and heterodimers are expected in many experiments with Tg
animal tissues or transfection of living cells. Where this has
been examined however, the functional effects were linearly
related to the amount of mutant present [49].

The E180G mutation increased pCa50 of motility by 0.64
pCa units (Figure 3(d); Table 1), which is a much greater
extent than most other mutants, and similar to that observed
for the same mutant’s effect on Ca2+-sensitivity of isometric
force in thin filament-reconstituted cardiac preparations
[25]. In some other reports, the E180G mutant also increased
Ca2+-sensitivity of various functional assays [26, 48, 50]
but by lesser extents (∼0.1–0.14 pCa units). An exception
was ventricular strips from Tg rats expressing human α-
Tm E180G mutation (∼5% of Tm mRNA) that exhibited
no difference in Ca2+-sensitivity of force relative to WT and
also exhibited no cardiac hypertrophy [51]. Ca2+-sensitivity
of force increased more (∼0.3 pCa units) in cardiac myocytes
from Tg mouse hearts expressing ∼65% α-Tm E180G, with
a linear correlation between ΔpCa50 and fraction of α-Tm
E180G that extrapolated to a large, ∼0.4 pCa unit shift at
100%α-Tm E180G [49].

These differences in Ca2+-sensitivity due to FHC-related
mutations are in the same direction as observed with three C-
terminal FHC-related mutations in cTnI although the cTnI
mutants also exhibited substantial increases in smax [8]. α-
Tm and cTnI mutants could affect smax differently because of
differences in the molecular mechanisms by which cTnI and
α-Tm mutants alter thin filament activation, or because of
different sources for the regulatory proteins.

3.3. CD Spectroscopy. Ca2+-sensitizing effects of the FHC
mutations (Figure 3; Table 1) may be related to changes
in Tm structure and are thus downstream in the signaling
pathway from Ca2+ binding to TnC. Figure 4 shows CD
spectra obtained from the five Tm samples. Each spectrum
in Figure 4 is the average of 2-3 independent determinations
from different batches of protein and each determination is
the average of 3 scans. Spectra were quantified from [θ]222

and also by more extensive analysis (see Section 2) with
CDPro software (Table 2). Both methods of analysis yielded
similar, high estimates of α-helix content for both WT α-
and β-Tm (78–85%) as expected for a protein that is largely
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Figure 3: Ca2+-dependence of in vitro motility speed for regulated thin filaments reconstituted with HcTn and either, (a) α-GS-Tm WT (•),
(b) α-GS-Tm V95A (�), (c) α-GS-Tm D175N (�), or (d) α-GS-Tm E180G (�). In (b–d), data and regressions for each Tm were normalized
to smax + smin from regression (4) for the same Tm. Each point represents the mean for one flow cell; error bars in (b–d) are comparable to
those in (a). Solid lines are nonlinear least squares regression fits of the mutant Tm data to (4), and parameter estimates are given in Table 1.
For comparison, the regression line for α-GS-Tm WT (a) was normalized as described above and plotted in panels (b–d) as a dotted line for
reference.

α-helical coiled coil. CDPro and [θ]222 analyses indicated
that α-helix content was lower in the three mutant proteins
(61–73%; Table 2). Lower α-helix content of the mutant Tm’s
was correlated with higher fractions of unordered structure
in CDPro analysis (Table 2). The V95A mutant had the
lowest α-helix content, and reduced α-helix content of the
E180G mutant is consistent with prediction from the COILS
algorithm [52] of local destabilization around the mutation.

3.4. α-Tropomyosin E180G Mutation Alters Temperature Sen-
sitivity of Filament Sliding at pCa 5. In addition to reduced α-
helix content at 25◦C (Figure 4), the E180G mutant exhibited
decreased stability to thermal unfolding in the presence or

absence of actin [21, 24]. To test whether these structural
changes are associated with functional effects in addition
to the marked increase in Ca2+-sensitivity (Figure 3(d)), we
used a novel method for continuously varying temperature
in motility assays [41, 42].

Speed of thin filaments reconstituted with α-Tm WT at
pCa 5 increased with increasing temperature up to at least
50◦C (Figure 5, open circles; note that these control data are
a subset of the WT-regulated thin filament data replotted
from Brunet et al. [42]). Above ∼54◦C, thin filaments
reconstituted with WT Tm/Tn exhibit an anomalous decline
in sliding speed [42] that is likely due to dissociation of
regulatory proteins from actin [24] and/or denaturation of
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Table 2: Estimates of structural content of WT and mutant tropomyosins.

α-helix (%) β-sheet (%) β-turn (%) Unordered (%)

[θ]222 CDPro CDPro CDPro CDPro

α-GS-Tm WT 84.5± 4.6 79.1± 10.8 4.3± 3.4 7.0± 6.7 10.4± 5.8

α-GS-Tm V95A 60.6± 10.4 62.7± 6.4 8.2± 3.2 12.2± 3.5 17.0± 5.1

α-GS-Tm D175N 72.1± 0.7 72.9± 7.0 5.6± 3.7 11.3± 5.5 13.3± 6.0

α-GS-Tm E180G 69.7± 3.3 67.9± 5.6 5.9± 2.7 9.5± 4.7 17.3± 3.7

β-GS-Tm WT 83.6± 6.4 77.8± 13.1 5.2± 4.4 7.8± 6.5 10.1± 8.8

Estimates of structural content for each of the five recombinant Tm’s were obtained from analyses of the individual CD spectra that were averaged for Figure 4.
α-helical content was estimated from [θ]222 (Methods). Content of α-helix, β-sheet, and unordered structure was obtained using CDPro software (Methods).
Values are mean ± S.D. (N = 2-3 spectra); note that, for CDPro estimates, S.D. is the mean of S.D. values from CDPro.
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Tm or Tn at elevated temperatures. Filament speed declines
to that of unregulated F-actin [42] because actin and HMM
denature at higher temperatures than Tm/Tn during these
brief excursions to high temperatures.

When the assay was repeated with thin filaments recon-
stituted with α-Tm E180G (Figure 5, solid squares), the
temperature dependence of speed deviated from WT at
temperatures slightly above body temperature. At these
higher temperatures, sliding speed was slower with mutant
Tm than with WT. Above ∼44◦C, there is a deflection in
the speed-temperature relation for thin filaments reconsti-
tuted with α-Tm E180G (Figure 5). This deflection is likely
indicative of structural destabilization, denaturation, and/or
dissociation of mutant regulatory proteins at a substantially
lower temperature (∼10◦C lower) than for WT and is also
indicative of a strong functional correlate of differential
scanning calorimetry (DSC) measurements in solution [24].
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Figure 5: Temperature dependence of sliding speed at pCa 5 for
regulated thin filaments reconstituted with HcTn and either α-GS-
Tm E180G (�) or α-GS-Tm WT (©) [note that the control WT
data are a subset of regulated thin filament data replotted from
[42]]. Data were obtained during the heating phase of two cycles of
heating and cooling in flow cells configured with a microfabricated
thermo-electric heater for continuous variation of temperature (see
Section 2). Points represent mean of the sliding speed for 3–8
filaments during one second. Note the deviation of mutant Tm data
from WT as temperature increases.

The substantial increase in Ca2+-sensitivity associated
with the E180G mutation (Figure 3; Table 1) is thus cor-
related with reduced affinity for actin in vitro in the ab-
sence of Tn [20–22], destabilization of Tn binding to F-
actin-Tm [22], reduced α-helix content (Figure 4; Table 2),
and reduced thermal stability of structure [21, 24] and
function (Figure 5). Structural destabilization of α-Tm by
FHC mutations could reduce flexural rigidity, as suggested
by Heller et al. [23] when considering other FHC-related
mutations in α-Tm; modeling suggests that changes in pro-
tein compliance within sarcomeres could markedly affect
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Figure 6: Cross-bridge duty ratio ( f ) during unloaded sliding of
regulated thin filaments reconstituted with HcTn and either α-GS-
Tm WT, α-GS-Tm D175N, or α-GS-Tm E180G is lower than for
unregulated F-actin. Duty ratio was estimated using the method
of Uyeda et al. [61] by varying HMM density (ρ) as described
in Materials and Methods (see Section 2.8). Estimates of f were
obtained by applying the band model and were normalized to
the value obtained for WT at the same ρ. Bars indicate average
normalized f for all ρ (n = 5 − 8); error bars indicate S.D.
Duty ratios for all three types of regulated thin filaments were
significantly lower than for unregulated F-actin (∗∗P < 0.01) but
were not statistically different from each other (P > 0.05).

muscle function [53–56]. The details of this mechanism
are therefore distinct from the likely molecular basis for
Ca2+-sensitization by FHC-related mutations in the COOH-
terminus of cTnI [8, 57]. Flexibility of Tm is clearly im-
portant for its structure and function [58] and changes
related to FHC mutations could lead to a decrease in the
already low-energy barrier for movement of Tm on actin
[59]; detailed structural studies are needed to clarify the in-
fluence of FHC mutations on Tm structure and flexibility. In
addition, coupling between adjacent regulatory units could
be affected, as suggested by reduced cooperativity with the
E180G mutation (Figure 3(d); Table 1) [25]. Significantly,
the reduced thermal stability of thin filaments containing the
E180G mutant α-Tm illustrated in Figure 5 suggests that pa-
tients with the FHC mutation could be more susceptible to
diastolic dysfunction, and possibly sudden cardiac death, due
to thin filament dysregulation during heavy exercise [24].

3.5. Dependence of Regulated Thin Filament Sliding at pCa
5 on Cross-Bridge Density and Number. Mutations in α-Tm
could modulate the dependence of thin filament activation
on cross-bridges and cross-bridge number [60]. To examine

this possibility for the D175N and E180G mutations—the
two mutations associated with the largest effects on Ca2+-
responsiveness (Figure 3)—we measured sliding speed of
regulated thin filaments at pCa 5 by varying the density of
functional HMM (ρ) on the flow cell surface [44]. For each
condition (Tm and ρ), speed (s) and the length (l) of indi-
vidual filaments were used to determine η(ρ)× sm and acto-
myosin duty ratio ( f ; (1)) as described (see Section 2) [44].
Figure 6 shows that f was lower for WT-reconstituted thin
filaments than for unregulated F-actin, and that f was similar
for reconstituted thin filaments containing WT Tm or either
of the two Tm mutants examined. Estimates of f in Figure 6
were obtained using the band model (2) and were averaged
for all ρ. These results show that the structural and functional
changes associated with mutants D175N and E180G of α-
Tm do not lead to substantial changes in actomyosin duty
ratio relative to WT-regulated thin filaments, consistent with
regulated thin filament sliding speed being similar at sat-
urating HMM density (Figure 2), and the distribution of
cross-bridge states from sinusoidal analysis of isometric force
in thin filament-reconstituted cardiac preparations [25].

For regulated thin filaments at pCa 5, sm is a hyperbolic
function of ρ (Figure 7). The ρ-dependence of η(ρ) × sm
was indistinguishable for α-Tm E180G compared with α-
Tm WT (Figure 7). Thin filaments reconstituted with α-Tm
D175N, on the other hand, exhibited motility and achieved
maximum sliding speed at lower ρ’s than either E180G or WT
(Figure 7). These results indicate that the D175N and E180G
mutations increase Ca2+-responsiveness of filament sliding
(Figure 3; Table 1) by very different mechanisms even though
the two mutations reside in close proximity and have similar
effects on overall α-helical content as detected by CD spec-
troscopy (Figure 4). The data in Figures 3 and 7 suggest that
effects of the D175N would be most evident at low levels of
thin filament activation where the number of cross-bridges is
small, and additional cross-bridges have the greatest impact.

3.6. Conclusions. Functional and structural differences in
three FHC-related mutations in α-Tm (V95A, D175N, and
E180G) were found using both conventional and modified
in vitro motility assays and CD spectroscopy. Mutant Tm’s
exhibited lower α-helical content and more unordered
structure than α-GS-Tm WT; these structural changes could
result in alterations in flexural rigidity that, in turn, could be
responsible for increased Ca2+-responsiveness of regulated
filament sliding that was observed with the mutants. α-GS-
Tm E180G exhibited the greatest enhancement of Ca2+-
responsiveness of the mutants studied due to both a large
increase in pCa50 and a reduction in n, and dysregulation at∼
10◦C lower temperature than WT. α-GS-Tm V95A exhibited
a smaller but significant increase in pCa50. α-GS-Tm D175N
exhibited lower n and a marked reduction in the minimum
density of HMM necessary for initiating filament sliding and
for achieving maximum sliding speed at saturating Ca2+.
These structural and functional changes provide insights into
molecular mechanisms of pathological cardiac hypertrophy.

Increased Ca2+-responsiveness of cardiac myofibrillar
function appears to be a common feature of FHC-related
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Figure 7: HMM density (ρ) dependence of maximum unloaded
filament sliding speed (sm) of regulated thin filaments reconstituted
with HcTn and either α-GS-Tm WT (©), α-GS-Tm D175N (�),
or α-GS-Tm E180G (�). sm was obtained at each ρ according to
the method of Uyeda et al. [61] as described in Section 2.8; each
point is from one flow cell. Note that sm(ρ) for thin filaments
containing α-GS-Tm D175N is shifted leftward of that for thin
filaments containing either α-GS-Tm WT or α-GS-Tm E180G.

mutations in α-Tm, cTnI, and cTnT (Figure 3) [8, 13, 15, 23,
25–27, 29, 48, 50, 62]. The extent of enhancement of Ca2+-
sensitivity is generally associated with clinical prognosis in
FHC patients [57, 63] although it is not generally known
the extent to which function in vivo with variable ratios of
WT and mutant homo-dimers, and also presumptive hetero-
dimers, might differ from that found using in vitro assays
with pure homo-dimers such as those described here. Func-
tional consequences of increased Ca2+-sensitivity in the liv-
ing heart, in the absence of adaptive responses, are expected
to be slowed relaxation and increased duration of systole
because the intracellular Ca2+ transient does not normally
achieve sufficiently high Ca2+ concentrations to saturate TnC
[56]. Observations on intact hearts from Tg mice with α-Tm
mutation E180G are consistent with these expectations [28,
29, 49]. Thus, there are clear possibilities for direct links be-
tween thin filament mutations and hypertrophic signaling
through altered mechanical and energetic load, and/or
altered Ca2+-cycling in myocytes [56].
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The expression of two cardiac myosin heavy chain (MyHC) isoforms in response to the thyroid status was studied in left ventricles
(LVs) of Lewis rats. Major MyHC isoform in euthyroid and hyperthyroid LVs had a higher mobility on SDS-PAGE, whereas
hypothyroid LVs predominantly contained a MyHC isoform with a lower mobility corresponding to that of the control soleus
muscle. By comparing the MyHC profiles obtained under altered thyroid states together with the control soleus, we concluded
that MyHCα was represented by the lower band with higher mobility and MyHCβ by the upper band. The identity of these two
bands in SDS-PAGE gels was confirmed by western blot and mass spectrometry. Thus, in contrast to the literature data, we found
that the MyHCα possessed a higher mobility rate than the MyHCβ isoform. Our data highlighted the importance of the careful
identification of the MyHCα and MyHCβ isoforms analyzed by the SDS-PAGE.

1. Introduction

Cardiac muscle contractility and its efficiency depend on
myosin heavy chain (MyHC) isoforms being present. Mam-
malian heart muscle cells express two MyHC gene products,
Myh6 and Myh7, which correspond to the α and β isoforms
respectively [1]. The molecular masses of the rat α and β iso-
forms are both about 223 kDa (Rat Gene Database:
http://rgd.mcw.edu/), and their amino acid sequences are
93% identical [2]. However, the isoforms differ in their
ATPase activity and in their effect on heart contractility.
MyHCα represents a “fast myosin” with higher ATPase acti-
vity and faster contraction, whereas MyHCβ represents a
“slow myosin” with lower ATPase activity and slower contra-
ction [3–5]. In cardiac left ventricles (LVs), the α and β iso-
forms constitute three functional dimers marked V1, V2, and
V3. V1 is the αα homodimer, while V3 is the ββ homo-
dimer, and V2 is the αβ heterodimer. The ATPase activity of
these three dimers corresponds to the α and β subunits in-
volved [3, 6, 7]. The variations in the V-type ratio

(V1 : V2 : V3) correlate with the heart rate of different species
[7, 8]. Fast-contracting ventricles of mice and rats (heart
rate > 300/min) have a high proportion of V1, while slow-
contracting ventricles of humans and cows (heart rate about
70/min) contain a V3 majority. Rabbit and guinea pig ven-
tricles, with an intermediate speed, consist predominantly of
V3 and still possess some V1 and V2 dimers [9]. In vitro ex-
periments showed the difference in the hydrolytic and kinetic
characteristics of the two α and β isoforms, which could ex-
plain the difference in the economy of force development
and the basis for cardiac adaptation mechanism [10, 11]. In
general, the experimental evidence suggests that hearts ex-
pressing primarily MyHCα isoform have a significantly high-
er rate of muscle shortening, whereas the hearts expressing
mostly MyHCβ possess the ability to generate force with
higher efficiency [12].

The amount and changes in the ratio of V dimers have
been determined using native gel electrophoresis under non-
denaturating conditions, and it was found that the myosin
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dimers mobility decreases in order V1 > V2 > V3 [6–8, 13–
16]. On the other hand, the experiments studying the mobil-
ity of individual α and β monomers by the sodium dodecyl
sulphate-polyacrylamide gel electrophoresis (SDS-PAGE)
under denaturing conditions showed lower mobility of
MyHCα compared to MyHCβ [17–24].

The relative proportion of α and β isoforms in cardiac
LVs can be influenced by several physiological and patho-
physiological factors like hemodynamic overload, diabetes,
or thyroid hormones, and it also corresponds with heart fit-
ness [12]. Thyroid hormones were found to be the most po-
tent regulators of cardiac MyHC gene expression [25]. In-
creased levels of thyroid hormones stimulate MyHCα (V1)
and restrain MyHCβ (V3) expression leading to the hyper-
thyroid phenotype, while lowered levels of thyroid hormones
result in the inhibition of MyHCα (V1) and activation of
MyHCβ (V3) expression resulting in the hypothyroid phe-
notype [26–32]. Alterations to the thyroid hormone levels, in
both experimental animals and humans, contribute to vari-
ous pathological changes including some of the most life-
threatening cardiac events, like atrial and ventricular fibrilla-
tions or malignant ventricular arrhythmias [33–35]. Changes
in the expression of cardiac MyHC isoforms are supposed to
be the important aspect of a failing heart [36, 37]. Since many
cardiovascular diseases are accompanied by the shift between
cardiac α and β MyHC isoforms, the unequivocal determi-
nation of both isoforms separated by SDS-PAGE is extremely
important, even for human pathology.

In this study, we present data on the MyHC isoforms
mobility obtained by SDS-PAGE technique and unambigu-
ous identification of α and β isoforms by mass spectrometry
(MALDI TOF/TOF) [38] and western blot (WB) analyses.

2. Material and Methods

2.1. Animals. Male and female 4-week-old inbred Lewis
strain rats obtained from an authorized laboratory of the rat-
breeding unit of the Institute of Physiology, Academy of
Sciences of the Czech Republic, v. v. i., Prague, Czech Repub-
lic (accreditation no. 1020/491/A/00) were used for the ex-
periments. Male euthyroid 250 g Wistar rats, obtained from
Velaz s.r.o., Prague, Czech Republic, were used for compari-
son to the experimental Lewis strain rats. The maintenance
and handling of the experimental animals were in accordance
with the EU Council Directive (86/609EEC) as well as with
the local ethical committee guidelines of the Czech Ministry
of Agriculture no. 1020/437/A/99. The investigation was ap-
proved by the Expert Committee of the Institute of Physiolo-
gy, Academy of Sciences of the Czech Republic, v. v. i., Prague,
Czech Republic.

2.2. Alteration of Thyroid Status. The hyperthyroid status
(TH) was induced by intraperitoneal injections of 3,3′,5-tri-
iodo-L-thyronine (sodium salt, T3, 150 μg/kg body weight)
three times a week to the 4-week-old animals for 3 to 10
months. The hypothyroid (HY) status was induced with
a 0.05% solution of methimazole (2-mercapto-1-methyl-
imidazole) in drinking water given to the rats from the age

of 4 weeks for 4 to 11 months. The euthyroid (EU) rats were
age-matched littermates of the experimental animals. All the
rats analyzed in this study were part of a larger group in
which thyroid states were previously checked by the measure-
ment of biochemical and anatomical parameters that are
known to be affected by thyroid hormone level alterations
[39, 40].

2.3. Tissue Preparation. Cardiac tissue was obtained from
adult EU, HY and TH inbred Lewis male and female rats.
LVs from Wistar rats were used as a control of the MyHC
band position in order to exclude strain differences. The ani-
mals were anesthetized with intraperitoneal injections of
1 mL (100 mg) of Narketan (Ketaminum ut hydrochlori-
dum) per 1000 g of body weight, followed by 0.5 mL (10 mg)
of the myorelaxant Xylapan (Xylazinum ut hydrochloridum)
per 1000 g of body weight (Vetoquinol SA, France, and Veto-
quinol Biowet, Poland, resp.). Whole hearts were quickly ex-
cised and placed in iced saline solution. LVs were readily iso-
lated and immediately frozen in liquid nitrogen. Control
soleus muscles (SOL) were excised immediately after the
hearts and further treated with the same procedure described
for LVs.

2.3.1. Homogenate Adjustment. The frozen LVs were pulver-
ized in liquid nitrogen using porcelain mortar and homo-
genized 1 : 40 (w/v ratio) with homogenization buffer
(5 M urea, 2 M thiourea, 0.4 M DL-dithiothreitol (DTT),
10 mM sodium pyrophosphate tetrabasic decahydrate) using
a glass/glass homogenizer. The LV homogenates were ali-
quoted and stored at −80◦C. Deep frozen tissue treatment
and highly denaturating homogenization buffer protected
proteins against eventual protease activity.

2.3.2. MyHC Extraction. The MyHC extraction was per-
formed according to Agbulut et al. [41]. The LVs were pul-
verized in liquid nitrogen using a porcelain mortar. The
powder was transferred into iced extraction buffer pH 6.5
containing 300 mM NaCl, 0.1 M NaH2PO4 monohydrate,
50 mM Na2HPO4 anhydrous, 10 mM sodium pyrophos-
phate, 1 mM MgCl2, 10 mM EDTA, and fresh 1.4 mM mer-
captoethanol. MyHC were extracted for 1 hour on ice using
four volumes of extraction buffer. The LV extracts were cen-
trifuged at 12000×g for 10 minutes at 4◦C and the super-
natants were diluted 1 : 1 (v/v ratio) with conservation buffer
pH 8.5 containing 40 mM sodium pyrophosphate and 50%
glycerol, aliquoted and stored at −80◦C.

2.4. MyHCs Separation. The SDS-PAGE method was per-
formed on the Mini-PROTEAN Tetra Cell (BioRad) with gel
thickness 0.75 mm according to a protocol used by
Sant’Ana Pereira et al. [22] for gels running at con-
stant current 13 mA (no pulse) for 7.5 hours. Separat-
ing and stacking gels were prepared on the same day
as the electrophoresis was run. Separating gels (12%
final concentration of acrylamide) contained 10% glyc-
erol (v/v ratio), 12% acrylamide/bisacrylamide solution
(the ratio of acrylamide/N,N′-methylenebisacrylamide was
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200 : 1), 750 mM 2-amino-2-hydroxymethyl-propane-1,3-
diol (TRIS) (pH 9.3), 0.1% sodium dodecyl sulphate (SDS)
(w/v ratio), 0.03% ammonium persulphate (APS) (w/v
ratio), and 0.14% tetramethylethylenediamine (TEMED).
Stacking gels (3.7% final concentration of acrylamide) con-
tained 10% glycerol, 3.7% acrylamide/N,N′-methylene-bi-
sacrylamide (20 : 1 ratio), 125 mM TRIS (pH 6.8), 0.1% SDS,
0.03% APS, and 0.3% TEMED. Electrode buffer was com-
posed of 0.05 M TRIS, 0.38 M glycine, and 0.346 mM SDS.
Homogenates were diluted 1 : 1.5 (v/v ratio) with sample
buffer (0.125 M TRIS pH 6.8, 0.5 mM EDTA pH 7, 5% SDS,
15 mM DTT, 20% glycerol, 0.1% Bromphenol Blue), LV ex-
tracts were diluted 1 : 1 (v/v ratio) with sample buffer, and
SOL extracts were diluted 1 : 19 (v/v ratio) with sample buf-
fer. Homogenates were loaded on the gels in the amount of
7 μL per sample (5.5 μg protein), LV extracts in the amount of
15 μL (1 μg protein) per sample, and SOL extracts of 4 μL
(2 μg protein) per sample. As a control, we used SOL from
hypothyroid animals (HY), containing basically 100% of the
slow isoform identical with cardiac MyHCβ. The gels were
directly used for WB analyses or stained by a mixture of
Coomassie Brilliant Blue and Bismarck Brown R (CBB&
BBR) [42] for mass spectrometry and stained by silver nitrate
for densitometry quantification (Quantity One Software,
BioRad) [43].

2.5. MALDI TOF/TOF Sample Preparation. Each single
CBB&BBR stained protein band was cut out from a single
lane of the gel, placed to a microtube, and covered with
100 μL 50 mM ammonium bicarbonate (ABC) buffer in 50%
acetonitrile (ACN) with 50 mM DTT. All samples were sub-
jected to sonication in an ultrasonic cleaning bath for 5 min-
utes. After 15 minutes the supernatant was discarded, and the
gel was covered with 100 μL of 50 mM ABC/50% ACN with
50 mM iodoacetamide and sonicated for 5 minutes. After 25
minutes, the supernatant was discarded and exchanged for
100 μL 50 mM ABC/50% ACN with 50 mM DTT and soni-
cated for 5 minutes to remove any excess iodoacetamide. The
supernatant was discarded, and the samples were sonicated
for 5 minutes in 100 μL of HPLC-grade water. The water was
discarded, and samples were sonicated for another 5 minutes
in 100 μL of ACN. ACN was discarded, and the microtubes
with the samples were left open for a couple of minutes to
allow the rest of ACN to evaporate. Then, 5 ng of trypsin
(Promega) in 10 μL of 50 mM ABC were added to the gel. The
samples were incubated at 37◦C overnight. Trifluoroacetic
acid (TFA) and ACN were added to the final concentration of
1% TFA, 30% ACN. The samples were sonicated for 10 min-
utes, and a 0.5 μL drop was transferred onto MALDI targets
and let to dry. The dried droplets were covered with a 0.5 μL
drop of α-cyano-4-hydroxycinnamic acid solution (2 mg/mL
in 80% ACN) and let to dry.

2.6. MALDI TOF/TOF Analysis. Peptide mapping was per-
formed in multiple independent experiments and indepen-
dent samples. Spectra were acquired in the range of 800–
3500 m/z using a 4800 Plus MALDI TOF/TOF Analyzer
(Applied Biosystems/MDS Sciex) equipped with a Nd : YAG

laser (355 nm, firing rate 200 Hz). Peak lists from the MS
spectra were generated by 4000 Series Explorer V 3.5.3 (Ap-
plied Biosystems/MDS Sciex) without smoothing, peaks with
the local signal-to-noise ratio greater than 5 were picked
automatically, deisotoped, and searched with local Mascot v.
2.1 (Matrix Science) against the nonredundant NCBI data-
base of protein sequences as of 06/14/2010 (11186807 seq-
uences; 3815639892 residues). The database search criteria
were as follows—enzyme: trypsin, taxonomy: Rattus norvegi-
cus (66703 sequences), fixed modification: carbamidomethy-
lation, variable modification: methionine oxidation, peptide
mass tolerance: 80 ppm, and one missed cleavage allowed.
Only the hits that were scored by the Mascot software as sig-
nificant (P < 0.0001) were accepted for further analyses.

2.6.1. Sequences Evaluation. Sequences for cardiac MyHC
were obtained from GenBank databases: (MyHCα) P02563
and (MyHCβ) P02564. Sequences were aligned with Clus-
talW 1.83: http://www.ebi.ac.uk/clustalw/.

2.7. Western Blot and Immunodetection. After SDS-PAGE,
gels were quickly washed in ultrapure H2O (mQ H2O)
(Millipore-Q system) and equilibrated for 15 min in transfer
buffer containing 25 mM TRIS, 192 mM glycine, and 80 mM
urea. Subsequently, the proteins were electrotransferred onto
nitrocellulose membranes (0.2 μm pore size, Protran BA 83,
Whatman) at constant 100 V and 350 mA for 1 hour at 4◦C
using Mini Trans-Blot (BioRad). The membranes were
quickly washed in mQ H2O, dried, wrapped in polypropy-
lene film, and stored overnight at −20◦C.

On the following day, the membranes were washed for
15 minutes in 0.05% Tween in Tris-buffered saline (TTBS)
solution and blocked for 1 hour at room temperature (RT)
in 5% nonfat dry milk in TTBS. To detect α and β isoforms,
membranes were incubated with NB300-284 (1 : 1000, No-
vus Biologicals) or anti-Slow (1 : 1000, provided by BioTrend
and Novocastra) antibodies that recognized both cardiac
MyHC isoforms on WB membranes; for specific detection of
MyHCα, we used the BA.G5 antibody (1 : 5000, a kind gift by
Professor S. Schiaffino). Incubations with primary antibodies
were performed for 1 hour at RT in the TTBS solution. TTBS
washing (3 × 15 minutes) preceded and followed the mem-
branes incubation with secondary anti-mouse IgG (Stabi-
lized Goat Anti-Mouse IgG (H+L) – HRP Conjugated, no.
32430, Thermo Scientific Pierce) diluted 1 : 1000 under the
same conditions as the primary antibodies. The membrane
signals were detected by enhanced chemiluminescence (ECL)
substrate (SuperSignal West Dura Extended Duration Sub-
strate, no. 34076, Thermo Scientific Pierce) and visualized by
the LAS-4000 system (Genetica, Fujifilm).

2.8. Statistical Analysis. Obtained data were analyzed by the
GraphPad Prism 5 software. A one-way ANOVA and subseq-
uent Student-Newman-Keuls test were used for compari-
son of differences in normally distributed variables between
groups. Nonparametric Mann-Whitney’s U-test and Krus-
kal-Wallis’s test were used for a comparison of differences in
nonnormally distributed variables between groups. All data
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Figure 1: SDS-PAGE separation of cardiac MyHC isoforms from left ventricles of adult euthyroid (EU), hypothyroid (HY), and hyperthyroid
(TH) Lewis rats. Control: soleus muscle (SOL) from the hypothyroid rat containing the MyHC1 isoform identical with cardiac MyHCβ. The
gel was silver stained (a) or stained by CBB+BBR (b) before MALDI TOF/TOF analysis.
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Figure 2: Western blot immunodetection of cardiac MyHC isoforms from left ventricle (LV) homogenates and extracts of adult euthyroid
(EU), hypothyroid (HY), and hyperthyroid (TH) Lewis rats. The membranes were stained by NB300-284 antibody recognizing both MyHCα
and MyHCβ isoforms (a) or by BA.G5 antibody, which was solely specific for cardiac MyHCα isoform (b).

are expressed as mean ± SD or as mean ± SEM. The dif-
ferences were considered as statistically significant when P <
0.05.

3. Results and Discussion

3.1. Separation of Cardiac MyHC Isoforms. The SDS-PAGE of
cardiac MyHC isoforms revealed that a major MyHC isoform
in EU and TH hearts was that with a greater mobility in
polyacrylamide gels, whereas HY LVs contained the predom-
inantly MyHC isoform with a lower mobility corresponding
to the mobility of slow-type MyHC1 isoform in control HY
SOL (Figures 1(a) and 1(b)). The same results were obtained
by homogenate as well as MyHC extract separations. Based
on the MyHC profiles observed in LVs at different thyroid
states and in the control SOL, we assumed that MyHCα was
represented by the lower band with a higher mobility and
MyHCβ by the upper band with a lower mobility. The den-
sitometric quantification of the obtained bands supported
our assumption, as the TH status was characterized by high-
er MyHCα expression, whereas the HY status significantly
decreased MyHCα expression and increased MyHCβ expres-
sion when compared with EU and TH states (Table 1). Since
the observed mobilities of α and β isoforms in polyacryl-
amide gels were quite opposite to those reported in the litera-
ture, we decided to recheck our results by WB immunodetec-
tion and MALDI TOF/TOF analyses.

3.2. Identification of α and β MyHC Isoforms by WB Immuno-
detection and MALDI TOF/TOF Analyses. The WB analysis
supported the conclusion based on results obtained by SDS-
PAGE. The monoclonal BA.G5 antibody, shown to be specific
for rat MyHCα [44], marked only the lower band with a
higher mobility in EU and TH samples, while the HY samples
and SOL control remained unstained with this antibody
(Figure 2(b)). The NB300-284 antibody as well as anti-Slow

Table 1: Ratio of cardiac MyHCα/MyHCβ isoforms from left ven-
tricles of adult euthyroid (EU), hyperthyroid (TH), and hypothy-
roid (HY) Lewis rats. MyHC isoforms were separated by SDS-
PAGE, silver-stained, and quantified by densitometric evaluation
(Quantity One Software, BioRad). The data are expressed as
a mean ± SD, ∗significantly different from EU and TH, P < 0.05,
number of animals = 5.

Thyroid status The ratio

EU 3.84 ± 0.72

TH 4.39 ± 0.63

HY 0.09 ± 0.05∗

antibody recognized both α and β isoforms. These antibodies
marked the upper band with lower mobility in HY LVs and
SOL samples and the lower band in the case of EU and TH
rats (Figure 2(a)). The minor bands in all three thyroid states
were under the detection limit of the WB method. These re-
sults confirm that cardiac LVs of EU and TH rats predomi-
nantly contain the MyHCα isoform showing higher mobility,
whereas LVs of HY rats contain mainly the isoform MyHCβ
with the lower mobility.

The results of MALDI TOF/TOF analysis of EU, TH, HY,
and SOL samples highly matched the sequences of MyHCα
and MyHCβ and unambiguously identified both isoforms.
The overall sequence coverage for trypsin digested samples
was 52% for MyHCα and 58% for MyHCβ. Further experi-
ments with Lys-C and Asp-N endoproteinases were used to
increase the number of MyHCα isoform-specific (proteo-
typic) peptides and isoform-specific coverage which reached
about 40% and 10% using Lys-C and Asp-N digestion, res-
pectively. We highlighted the specific peptides resulting from
different protease digestions in multiple sequence alignment
(ClustalW 1.83) of MyHCα and MyHCβ (Figure 3). Analysis
of HY samples digested by trypsin identified 27 peptides spe-
cific for MyHCβ (out of 61 in total). TH sample analysis
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Figure 3: Continued.
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Figure 3: Specific peptides obtained by MALDI TOF/TOF (trypsin, Asp-N, and Lys-C proteases) and highlighted in multiple sequence align-
ment (ClustalW 1.83) of MyHCα and MyHCβ: yellow: HY MyHCβ, blue: EU MyHCα, green: TH MyHCα, pink: overlap of EU MyHCα and
TH MyHCα. Red letters: specific amino acids for each MyHC isoform.

using trypsin resulted in 14 peptides (out of 41 in total) and
using Asp-N protease in 5 peptides specific for MyHCα (out
of 13 in total). Analysis of EU samples cleaved by Asp-N
endoproteinase identified 22 specific peptides (out of 51 in
total) and cleaved by Lys-C endoproteinase identified 16 pep-
tides specific for MyHCα (out of 37 in total). SOL tryptic dig-
estion followed by mass spectrometric identification con-
firmed the presence of MyHCβ and obtained 27 specific pep-
tides out of a total of 41 total peptides that were homologous
with specific peptides of the HY sample. WB immunodetec-
tion as well as MALDI TOF/TOF analysis of Wistar EU rats
confirmed the same identity of both cardiac MyHC isoforms.

We have unambiguously shown that under our experi-
mental conditions, the isoform with higher mobility in SDS-
PAGE gels was the MyHCα, contrary to the prevailing

literature data, considering MyHCβ as being the faster iso-
form.

3.3. Expression of Cardiac MyHC Isoforms under Altered Thyr-
oid Status. The altered level of thyroid hormones is one of
the most important pathophysiological factors leading to
MyHC transitions and changes in heart contraction. It is gen-
erally accepted that the increased levels of thyroid hormones
(hyperthyroidism) stimulate MyHCα expression, whereas
the decreased levels of thyroid hormones (hypothyroidism)
lead to the activation of MyHCβ expression [26–32]. It is
obvious from our study that only the LVs of HY rats contain
a significant amount of MyHCβ, while for the LVs of EU and
TH rats the predominant isoform is the MyHCα.
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To estimate the effect of thyroid status on the heart fun-
ction or fitness of the rats, we measured the heart index
(heart mass in mg/body mass in g, expressed as a mean ±
SEM). In EU female and male rats, it was 3.23 ± 0.14 (n =
11) and 2.92 ± 0.06 (n = 13), respectively. The TH status led
to cardiac hypertrophy, as the heart index significantly in-
creased in female and male rats to 4.64 ± 0.23 (n = 11) and
3.78 ± 0.19 (n = 8), while the HY status resulted in cardiac
atrophy, as the index significantly dropped to 2.9± 0.05 (n =
16) and 2.58 ± 0.11 (n = 10), respectively. Obviously, the
application of thyroid hormones in our experiments corres-
ponds to the physiological hypertrophy induced by chronic
exercise and characterized by increased expression of
MyHCα [45]. On the other hand, pathological hypertrophy,
caused by pressure and volume overload in spontaneous
hypertensive rats (SHR), leads to the shift from the MyHCα
to the MyHCβ [46]. Thyroid hormone applications as well
as physical training by swimming were able to prevent or re-
pair contractile protein abnormalities in pathological hyper-
trophy in rat hearts [46, 47].

3.4. Electrophoretic Mobility of Cardiac MyHC Isoforms. Our
experiments showed unexpected results relating to the mobi-
lity of MyHC isoforms. Contrary to the literature data [17–
24], we observed higher mobility of the α and lower mobility
of the β isoform in polyacrylamide gels. However, these re-
sults can be considered reliable, the identity of the MyHC
isoforms was successfully verified by WB immunodetection
and mass spectrometry (MALDI TOF/TOF) methods. Both
analyses showed that MyHCα (no. 62029: 223.508.76 Da;
1939 AA; pI = 5.4500; charge = −28.5; Rat Gene Database)
represented by a lower band, moves with a higher mobility
in 12% polyacrylamide separating gels than MyHCβ (no.
62030: 222.899.28 Da; 1935 AA; pI = 5.4764; charge = −27;
Rat Gene Database), represented by an upper band (Figures 1
and 2). Likewise, the control SOL sample analysis confirmed
the position of MyHCβ as the upper band. Nevertheless, the
reason for the different band position observed in our ex-
periments remains to be elucidated.

3.4.1. SDS-PAGE Modifications. Factors affecting the electro-
phoretic mobility of cardiac isoforms appear to have a cru-
cial importance for the observed mobility changes. We tested
various concentrations of acrylamide and glycerol and vari-
ous ratios of acrylamide and bisacrylamide, but all these
changes affected only the quality of separation, not the posi-
tion of the bands.

It is known that the separation and mobility of cardiac
myosins by a native electrophoresis depend on several fac-
tors, such as the molecular mass, acidic and basic residues
[48], and helix content and amino acid composition [49],
and on the pH of the separating gel. Unlike the native gel
electrophoresis, the SDS-PAGE method under denaturating
conditions is supposed to separate cardiac MyHC isoforms
only by their molecular mass. The cardiac α and β isoforms
have nearly identical molecular masses (∼223 kDa), so that
their separation is rather difficult. Several recent works have
attempted to improve the electrophoretic resolution of the

cardiac MyHC isoforms. There were different concentrations
of glycerol used: 5−45% [20], separating gels: 6% [24], 7%
[21, 23], 8% [20], and 12% [22], and different acry-
lamide/bisacrylamide ratios: 37.5 : 1 [24], 50 : 1 [20, 21], and
200 : 1 [22]. All the mentioned papers, however, have re-
ported an improvement of separation, but no change in the
mobility of the isoforms.

For cardiac MyHC isoform separation, we used the
method according to Sant’Ana Pereira et al. [22]: 12% sep-
arating gel, 200 : 1 acrylamide/bisacrylamide ratio, constant
current 13 mA, temperature 10◦C, and run time modified to
7.5 hours (7 hours originally). It is important to note that we
used tissue processing according to Agbulut et al. [41] that
differs significantly from the procedure used by Sant’Ana
Pereira et al. [22] but in both cases the eventual activity of
proteases was excluded. Furthermore, the same results were
received with tissue homogenates and with MyHC extracts
(cf. Figure 2).

The MyHC isoform mobility apparently depends on two
forces acting against each other: the resistance and the elec-
trical force. Thus, one of the possible explanations of the un-
expected mobility observed might be the influence of the
amount of bound SDS. MyHCα, which is slightly heavier, has
4 amino acids more than MyHCβ. Therefore, MyHCα should
be covered by more SDS molecules and pulled through the
separating gel by a higher electrical force, which is in favor of
its higher mobility. The resistance, of the separating gel at
given concentration of acrylamide and bisacrylamide, in-
creases with the molecular weight of separated proteins. This
factor would then favor the higher mobility of MyHCβ with
a lower molecular weight. When these two factors were only
taken into account, then the higher mobility of MyHCα
could indicate that the electrical force have a greater impact
on MyHC mobility than the resistance of the polyacrylamide
gel.

3.4.2. Evaluation of Possible Mural Variability. A striking
transmural variation of ATPase activity and MyHC isoform
distribution was observed in rabbit [50] and rat [51] hearts.
For our experiments, however, we have used longitudinal
stripes containing epicardial, midwall, and endocardial por-
tions in order to minimize any possible transmural variabil-
ity.

3.4.3. Possible Strain Differences. To the best of our knowl-
edge, this study was the first analysis of cardiac MyHCs per-
formed on inbred Lewis strain rats. These animals have natu-
rally higher levels of serum thyroxine compared with other
routinely used rat strains [52]. Furthermore, in Lewis rats the
fiber type compositions of skeletal muscles are very unique.
When compared with other rat strains (Wistar, Sprague-
Dawley, Fisher 344, WBN/Kob, Lister Hooded, and SHR
rats), their soleus muscles were the slowest and their extensor
digitorum longus muscles were the fastest [53]. However, we
also analyzed cardiac MyHCs by the same methods in EU
Wistar rats, and the positions of the MyHCs bands were quite
similar to those obtained for the Lewis strain rats. In addi-
tion, no differences in cardiac MyHCs mobility among
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several rat strains in SDS-PAGE gels (Sprague Dawley, Brown
Norway, Copenhagen, SHR, and Wistar rats) were seen by
Reiser et al. [54]. Strain differences can apparently affect the
MyHC isoform ratio in the heart, but they obviously cannot
explain the observed switch of the band position of both
cardiac isoforms.

4. Conclusions

The data we obtained by SDS-PAGE in the three thyroid
states showed that only the left ventricles of HY rats con-
tained a significant amount of MyHCβ, while the left ven-
tricles of EU and TH rats were almost devoid of this isoform,
expressing MyHCα as the major isoform. However, the high-
er mobility of MyHCα compared with that of MyHCβ was
contrary to the literature data. Therefore, the identity of both
bands was confirmed by western blot immunodetection us-
ing specific antibodies (BA.G5 and NB300-284) and by
MALDI TOF/TOF that showed the specific peptides resulting
from different protease digestions in multiple sequence align-
ment (ClustalW 1.83) of MyHCα and MyHCβ isoforms. The
reasons for the observed unexpected mobility of the isoforms
remain still unclear. The general conclusion from our results
is that the order of migration of the two cardiac MyHC iso-
forms must always be verified and not just assumed.
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This study was to generate phasic and tonic stress-strain curves for evaluation of smooth muscle function in the obstructed guinea
pig jejunum. Partial and sham obstruction of the jejunum in guinea pigs was created surgically, with guinea pigs not being operated
on served as normal controls. The animals survived 2, 4, 7, and 14 days, respectively. The jejunal segment was distended to
10 cm H2O. The pressure and outer diameter changes were recorded. Passive conditions were obtained by using papaverine. Total
phasic, tonic, and passive circumferential stress and strain were computed from the diameter and pressure data with reference
to the zero-stress-state geometry. The active phasic and tonic stresses were defined as the total phasic and tonic stress minus the
passive stress. The thickness of intestinal muscle layers increased in a time-dependent manner after obstruction. The amplitude
of passive, total phasic, total tonic, active phasic, and active tonic circumferential stresses increased as function of strain 7 days
after obstruction. However, when normalized to muscle layer thickness, the amplitude of active stresses did not differ among the
groups. In conclusion, the long-term-obstructed intestine exhibits increased total smooth muscle contraction force. However, the
contraction force per smooth muscle unit did not increase.

1. Introduction

Small bowel obstruction is a common clinical problem re-
sulting from congenital [1–3] or acquired causes [4–7].
Small intestinal mechanical obstruction can be reproduced
in laboratory animals using rings of different materials.
Proximal to the partial obstruction site, the intestinal seg-
ment remodels morphologically and biomechanically [8–
14]. Partial obstruction causes intestinal smooth muscle
hyperplasia and hypertrophy [8, 9, 11, 12, 15–17]. Increased
contraction force of remodeled smooth muscle layer has
been reported, but the force was decreased when normalized
to the tissue wet weight [15]. Furthermore, the obstructed
intestinal wall became stiffer during longstanding partial
obstruction [11, 12, 14]. Stiffening likely affects smooth mus-
cle function. Therefore, it is important to study the function
of remodeled intestinal smooth muscle due to partial ob-
struction.

It is possible to obtain isometric length-tension diagrams
of phasic and tonic smooth muscle contraction in vitro [18].

Tools have now been developed for studying the active (phas-
ic and tonic contractions) and passive length-tension behav-
ior in the human gut in vivo using impedance planimet-
ric distension [19–21]. From a biomechanical standpoint,
muscle mechanical properties must be described in terms of
stress and strain, that is, the force per area and tissue defor-
mation. Computation of the stress depends on the wall thick-
ness which cannot be directly measured in vivo. However, it is
possible to measure the wall thickness in vitro and thus ob-
tain the stress-strain relationship of the intestinal wall with
reference to the zero-stress state [22]. Furthermore, the pas-
sive, tonic, and phasic stress-strain curves can be obtained
when using papaverine to abolish smooth muscle activity
[22].

In the present study we computed stress-strain data
for assessment of the smooth muscle function of partially
obstructed intestinal segments from guinea pigs. We hypoth-
esized that the stress-strain properties of the remodeled small
intestine change and that the remodeling is determined by
the stress similar to the cardiovascular system [23].
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2. Materials and Methods

2.1. Animals and Groups. The protocol was approved by
the Danish Committee for Animal Experimentation. Male
guinea pigs (600–800 g) were divided into four obstructed
and four sham-obstructed groups living for 2, 4, 7, and 14
days, respectively. Ten age-matched guinea pigs not exposed
to surgery were used as normal controls. We have long-term
experience with the operative procedures [11, 12, 14], which
is likely the reason for a mortality rate below 20%. The final
number of animals was 6 in each obstructed group and 4
in each of the sham-obstructed group. The guinea pigs had
access to water but were restricted from food intake from the
night before the operations and experiments. The animals
were weighted daily.

2.2. Creation of Partial Small Intestine Obstruction in Guinea
Pig. The surgical procedure for partially obstructing the
small intestine is well established [11, 14]. Atropine (Atro-
pin DAK, Denmark) 0.3 mg∗ kg−1 s.c. was given 30 mi-
nutes prior to anesthesia with Hypnorm 0.5 mg and Dormi-
cum 0.25 mg per 100 g body weight (Hypnorm : Dormi-
cum : sterile water = 1 : 1 : 2; subcutaneous injection). A small
midline laparotomy was done when surgical anesthesia was
achieved. A loop of the midjejunum was selected, and the
mesenterium was carefully incised close to the intestine
to create a small window. Care was taken not to damage
adjacent vessels or nerves.

A 3.5 mm wide polyurethane band was passed through
the mesenteric window and closed antimesenterically with
a 6–0 silk suture at a circumferential length about one mm
longer than the outer circumference of the small intestine.
Hence, a loose fit around the intestine was obtained without
any apparent compression of the tissue. In the sham-
obstructed group, the mesenteric incision was made and
marked with a 6–0 silk suture but no band was placed. The
abdominal wall was closed with 4–0 silk suture. Buprenor-
phine (Temgesic, Reckitt & Colman, UK) 0.05 mg∗ kg−1 was
given subcutaneously to counter postoperative pain along
with 10 mL saline to prevent dehydration. The animals were
inspected and weighed daily after the operation. Animals in
poor clinical condition were euthanized and excluded from
the study.

2.3. In Vitro Intestinal Preparation. The guinea pigs were
anesthetized with Hypnorm and Dormicum when the sched-
uled time had arrived. The abdominal cavity was opened
and the intestine carefully dissected. A ten cm intestinal
segment proximal to the band in the obstructed animals
and segments from the corresponding location in sham-
obstructed and normal animals were removed. A 0.5 cm long
intestinal piece from the proximal end of the excised segment
was cut and used for histological analysis. Further two
short ring-shaped pieces perpendicular to the longitudinal
axis were cut and used for zero-stress state analysis. The
remaining segment was immediately put into the organ
bath containing Krebs solution of the following composition
(mmol∗ L−1): NaCl, 118; KCl, 4.7; NaHCO3, 25; NaH2PO4,
1.0; MgCl, 1.2; CaCl2–H2O, 2.5; glucose, 11; ascorbic acid,

0.11. The 37◦C Krebs solution was aerated with a gas
mixture (95% O2 and 5% CO2, pH 7.4). Thirty minutes
equilibrating time was needed for recovery of the intestinal
motility.

2.4. Ramp Distension Experimental Setup (Figure 1). The in
vitro initial length of the intestinal segment was measured.
The proximal end of the intestinal segment was tied on
the cannula with silk threads. The cannula was via a
tube connected to a syringe containing Krebs solution for
applying luminal pressures (0.8 mL∗min−1). The lumen
was pressurized by a pump (Genie Programmable Syringe
Pump, World Precision Instrument, Stevenage, UK). The
distal end of the intestinal segment was tied by a silk thread
on the three-way tube connected to a micromanipulator
that could stretch the intestinal segment in longitudinal
direction. The ramp distension experiment with pressure up
to 10.0 cm H2O was done on the intestinal segment at the
longitudinal stretch ratios 0%, 10%, and 20%. The pressure
probe was inserted into the intestinal lumen through the
cannula. The pressure was measured at three locations
with 0.5 cm intervals. The location of the most proximal
pressure hole was marked on the intestinal surface. The
intestinal diameters at the locations where the pressure was
recorded in the intestinal segments were videotaped by a
CCD camera (Sony, Japan) on a stereomicroscope. The
data sampling frequency for pressure and diameter data was
10/second.

2.5. The Zero-Stress State of the Intestinal Segment. The
method for determination of the gastrointestinal zero-stress
state has been described in detail previously [24, 25]. One-
two mm wide rings were transferred to a calcium-free
Krebs solution with EGTA and papaverine. This represented
the no-load state that was photographed. Then, each ring-
shaped segment was cut radially under the microscope re-
sulting in an open sector geometry. Photographs represent-
ing the zero-stress state were taken ∼60 min after the radial
cutting to allow viscoelastic creep to occur.

2.6. Histological Analysis of the Small Intestine. The segment
was fixed in 10% buffered formalin over 24 hours followed
by dehydration in a series of graded ethanol (70%, 96%, and
99%) and embedding in paraffin. Five-micron sections were
cut perpendicular to the mucosa surface, and the paraffin was
cleared from the slides with coconut oil (over 15 min. 60◦C).
Redehydration occurred in 99%, 96%, and 70% ethanol
followed by staining with hematoxylin and eosin. The layer
thickness was measured by the same pathologist in a blinded
review. Twelve determinations were made on each specimen
and averaged.

2.7. Mechanical Data Analysis. Calculation was the assess-
ment of the no-load state, zero-stress state dimensions and
the outer diameters of the specimen at varying pressures. The
Kirchhoff stress and Green’s strain in the intestinal wall at a
given pressure were computed assuming circular geometry as
follows:
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Figure 1: Experimental setup. The organ bath is composed of an inside chamber and an outside chamber. The Krebs solution contained
in the small chamber was maintained constant at 37◦C by circulating hot water in the big chamber using a heating machine. The intestinal
segment was placed in the small organ bath in the Krebs solution. The intestinal distension was applied by a pump and the longitudinal
length was set by a micromanipulator. The three-channel pressure probe was used to measure the pressures. The diameter changes of the
intestinal segments were videotaped through a stereomicroscope.

Circumferential Kirchhoff ’s stress:

Sθ =
ΔPri−p
hpλ

2
θ

. (1)

Circumferential midwall Green’s strain:

Eθ = λ2
θ − 1

2
, (2)

where ΔP is the transmural pressure difference, r is the
luminal radius h is the wall thickness and λθ is the
circumferential stretch ratio.

Stress and strain data immediately before the contraction
(stress and strain thresholds) and at maximal contraction
(maximal amplitude of stress and strain) were used for
further analysis.

The total phasic stress and the total tonic stresses (both
composed of active and passive tissue properties) were
extracted from the top points during contraction and the
baseline between the contractions during the distension
(Figure 2(a)). The passive stress was extracted from the

data obtained during distension after administration of
papaverine. The strain points were not fixed; hence, it was
not possible to directly compare between different samples
and groups. Consequently curve fitting was applied.

The total tonic and passive stresses increased in an
exponential-like way as function of strain. Consequently the
stress-strain curves were fitted to the exponential function
equation

S = (S∗ + β
)
eα(E−E∗) − β, (3)

where S∗ and E∗ are the stress and strain at a physiological
reference level [25].

The total phasic circumferential stress-strain curves
increased in a polynomial way as function of strain. As
a consequence the stress-strain curves were fitted to the
polynomial equation

S = S0 + a1E
3 + a2E

2 + a3E
1, (4)

where a1, a2, and a3 are constants.
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Figure 2: (a) illustrates maximum amplitudes during contraction and the baseline between the contractions during distension. The closed
symbols above the curve mark the phasic part (black line). The open symbols under the curve mark the tonic part (gray line). The pressures
from the phasic and tonic parts were used to compute the total phasic and tonic stress. (b) illustrates an example of passive, total phasic,
total tonic, phasic active, and tonic active stresses as function of strains from a normal animal. The passive and the total tonic stress increased
exponentially as function of strain, whereas the total phasic stress increased in a polynomial way. The phasic and tonic active stresses were
obtained by the total phasic and tonic stresses minus the passive stress.

100µm
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Figure 3: The typical pattern of the muscle layer proliferation.
The hyperplasia of muscle layer was noted after two days of post-
obstruction. Seven days after obstruction, the hypertrophy of both
muscle layers was also observed. The circumferential muscle layer
increased much more than the longitudinal muscle layer.

The active phasic and tonic stresses were defined as
the total phasic and tonic stresses minus the passive stress
(Figure 2(b))

active phasic stress = total phasic stress− passive stress,

active tonic stress = total tonic stress− passive stress.
(5)

The active phasic and tonic stresses were normalized to
muscle layer thickness as follows:

normalized active phasic stress = active phasic stress
muscle thickness

,

normalized active tonic stress = active tonic stress
muscle thickness

·
(6)

The muscle layer thickness (um) was obtained by histo-
logical measurement.

2.8. Statistical Analysis. The results were expressed as means
± SEM unless indicated otherwise. The total phasic, total
tonic, active phasic, and active tonic stresses were compared
between different groups by ANOVA analysis. The normal-
ized active phasic and tonic stresses as function of strain were
also compared between groups. The results were regarded as
significant when P < 0.05.

3. Results

3.1. General Data. The peritoneum had no signs of inflam-
mation or adhesions that could potentially influence the me-
chanical properties and intestinal contraction.

The intestinal segments from the animals obstructed for
2 days and 4 days were clearly dilated. After seven days, in-
testinal hypertrophy was also visible. No changes were ob-
served in the sham-obstructed and normal groups. Histolog-
ical analysis showed that the thickness of both the submucosa
layer and muscle layer increased during the development
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Figure 4: Illustration of ramp distension curves of the pressure and diameter of jejunal segment without longitudinal stretch obtained
from a normal control animal. Waves of peristaltic contraction were clearly observed (a). The smooth muscle contraction was abolished by
papaverine (b).
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Figure 5: Illustration of the pressures (a), stresses (b), and strains (c) at the contraction threshold and at the maximum contraction in the
groups. Threshold and maximal amplitude of pressures and stresses increased, and strain decreased as function of the obstruction period
during ramp distension. Significant differences were found after 4 days of obstruction compared with normal and sham-obstructed controls
( aP < 0.05, bP < 0.01).



6 Journal of Biomedicine and Biotechnology

Total phasic stress-strain

Circumferential strain

C
ir

cu
m

fe
re

n
ti

al
st

re
ss

(k
Pa

)

Normal

OB-2d

OB-4d
OB-7d
OB-14d

−1

1

3

5

7

0 1 2 3

Sham

(a)

−1

1

3

5

7

Circumferential strain

0 1 2 3

C
ir

cu
m

fe
re

n
ti

al
st

re
ss

(k
Pa

)

Total tonic stress-strain

Normal

OB-2d

OB-4d
OB-7d
OB-14d

Sham

(b)

Active phasic stress-strain

−1

1

3

5

7

Circumferential strain

0 1 2 3

Normal

OB-2d

OB-4d
OB-7d
OB-14d

Sham

C
ir

cu
m

fe
re

n
ti

al
st

re
ss

(k
Pa

)

(c)

−1

1

3

5

7

Circumferential strain

0 1 2 3

Active tonic stress-strain
C

ir
cu

m
fe

re
n

ti
al

st
re

ss
(k

Pa
)

Normal

OB-2d

OB-4d
OB-7d
OB-14d

Sham

(d)

Figure 6: The total phasic and tonic stresses as function of strains are presented at the top panel and the computed active phasic and tonic
stresses as function of strain at the bottom. The amplitude of total phasic, total tonic, active phasic, and active tonic circumferential stresses
increased after 7 days obstruction compared with normal and sham controls (P < 0.05 and 0.01). Furthermore, the maximum for the active
phasic and active tonic stresses differed.

of the obstruction (Table 1). Muscle layer thickening was
observed after 4 days of obstruction whereas submucosal
thickening was observed after 7 days of obstruction. The
muscle hyperplasia was observed two days postobstruction.
Seven days postobstruction the intestinal segments were
also visibly hypertrophied. A typical pattern of the muscle
layer proliferation is shown in Figure 3. The circumferential
muscle layer increased much more than the longitudinal
muscle layer. After 7 days of obstruction, hypertrophy is
evident in both muscle layers.

3.2. Pressure-Diameter Curves. Figure 4 shows the pressure
and diameter changes during the distension from a normal
jejunal segment without longitudinal stretch applied. Waves
of peristaltic contraction were clearly observed both from

pressure and diameter curves (Figure 4(a)). The pressure
increased whereas the diameter decreased at each contraction
wave. Peristaltic contractions were not observed when using
papaverine (Figure 4(b)).

The pressures, stresses, and strains at the contraction
threshold and maximal contraction points in different
groups are shown in Figure 5. During ramp distension-in-
duced contractions, the threshold and maximal pressure
amplitude (Figure 5(a)) and stresses (Figure 5(b)) increased
after obstruction. However, the strains at the contraction
threshold and maximal contraction (Figure 5(c)) decreased
during the development of the obstruction. Significant dif-
ferences were found after 4 days of obstruction compared
with normal and sham-obstructed controls (P < 0.05,
P < 0.01). Thus the remodeled intestine due to obstruc-
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Figure 7: The normalized active phasic and tonic stresses illustrated as function of strains. When normalized to muscle layer thickness, the
amplitude of active phasic and tonic stresses did not differ among the groups (P > 0.05).

Table 1: Layer thickness related to duration of obstruction (μm).

Groups Mucosa Submucosa Circumferential muscle Longitudinal muscle

Normal 861.1 ± 134.3 42.9 ± 11.2 79.3 ± 24.1 36.2 ± 7.5

Sham-obstructed 816.2 ± 118.3 35.5 ± 12.6 90.4 ± 15.1 37.8 ± 8.8

Obstructed for 2 days 905.3 ± 109.9 45.3 ± 11.8 107.3 ± 31.4 37.4 ± 9.5

Obstructed for 4 days 1001.1 ± 135.9 34.5 ± 8.5 116.5 ± 42.3∗ 42.3 ± 15.3∗

Obstructed for 7 days 992.7 ± 91.6 55.7 ± 9.9∗ 145.5 ± 57.9∗ 57.9 ± 10.6∗

Obstructed for 14 days 1028.1 ± 167.2 71.8 ± 18.7∗∗ 240.2 ± 80.7∗∗ 80.7 ± 28.9∗∗
∗
P < 0.05; ∗∗P < 0.01 (compared with normal and sham-obstructed groups).

tion required higher pressure and stress levels to induce
contractions, and the induced contractions produced high
pressures and stresses during ramp distension. However, the
deformation of the intestinal wall became smaller indicating
wall stiffening.

3.3. Analysis of Tonic and Phasic Stress-Strain Curves. In
accordance with our previous study [22], the passive circum-
ferential stress increased when the intestine was stretched
longitudinally. Longitudinal stretching caused the active
circumferential stress to decrease (data not shown). However,
longitudinal stretch did not influence the differences of tonic
and phasic stress-strain curves among the groups. The results
below were obtained from the segments at longitudinal
stretch of 10%.

Figure 6 illustrates the total phasic (a), total tonic (b),
active phasic (c), and active tonic (d) stresses as function
of strain in the different groups. The total phasic stress
increased in a polynomial way as function of strain whereas

the total tonic stress increased in an exponential-like way.
At corresponding circumferential strains, the amplitude of
total phasic, total tonic, active phasic, and active tonic cir-
cumferential stresses increased after 7 days of obstruction
compared with normal and sham-obstructed controls (P <
0.05 and 0.01). However, when normalized to the muscle
layer thickness, the amplitude of active phasic and tonic
stresses as function of strain did not differ among the groups
(Figure 7, P > 0.05).

4. Discussion

The length-tension diagrams known from physiological and
pharmacological studies of smooth muscle strips in vitro [19,
26] can be reproduced in intact segment of intestine in vitro
as shown in the present and previous studies [22]. From a
biomechanical standpoint, phasic and tonic stress-strain data
are required for evaluation of smooth muscle mechanical
function in intact intestinal segments. The main findings in
the current study were that the amplitude of total phasic,
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total tonic, active phasic, and active tonic circumferential
stresses increased after 7 days of obstruction. However, when
normalized to muscle layer thickness, the amplitude of active
stresses did not differ among the groups.

The mechanical properties of the small intestine can be
divided into properties arising from a “passive” or connec-
tive tissue element, an active (“tonic”) element, reflecting
baseline muscle activity, and an active (“phasic”) element,
reflecting the effects of distension-induced neuromuscular
function. The passive and the active stress-strain curves
depend on the wall structure, the wall mechanical properties,
and the smooth muscle contractile properties. Longstanding
nonoccluding intestinal obstruction results in structural
changes with marked dilatation, increased collagen content,
and hypertrophy of especially the muscle layer proximal
to the obstruction site [9, 27]. Thus, stress-strain data
are important for understanding the mechanical function
of remodeled smooth muscle in the partially obstructed
intestine. Length-tension diagrams have been derived from
the human gastric antrum and duodenum [21, 28], though
butylscopolamine may not have abolished all phasic activity.
The present and previous [22] in vitro studies produced
tonic and phasic stress-strain curves referenced to the
passive stress-strain curve because papaverine completely
abolished all smooth muscle activity. Computation of the
stress depends on the wall thickness which cannot be directly
measured in vivo. However it can be accounted for in vitro.

The partial obstruction narrows the intestine which will
increase the resistance to flow during bolus passage. To
compensate, the smooth muscle will proliferate to increase
contraction force to overcome the resistance. Experimental
evidence demonstrated that longstanding partial intestinal
obstruction results in marked proliferation of the intestinal
muscle layers [8, 9, 11, 12, 14–17]. In the present study the
intestinal muscle layer, especially the circumferential muscle
layer, thickness markedly increased during obstruction. The
muscle layer increased circumferentially more than longitu-
dinally probably due to increased circumferential stress. Pre-
vious studies on pressure contraction curves of obstructed
intestinal segments have demonstrated that the total con-
tractile ability of remodeled smooth muscle layer increased
[12, 29]. In the present study the pressure curve (Figure 5(a))
confirmed that the maximal contraction pressure increased
after obstruction. In agreement with the proliferation of
the smooth muscle layer after 4 days of obstruction, the
maximal contraction stress significantly increased indicating
increased contraction force. Both muscle proliferation and
stress increase in a time-dependent manner as function
of obstruction time, indicating that muscle remodeling
is determined by the stress. This phenomenon is known
from the cardiovascular system [23]. However, the max-
imal contraction strain significantly decreased during the
development of obstruction indicating the wall deformation
became smaller due to stiffening [14]. Further stress-strain
analysis demonstrated that the total phasic, total tonic, active
phasic, and active tonic stresses as function of strain also
significantly increased after 7 days of obstruction. Therefore,
the increased total contraction force is mainly due to smooth
muscle proliferation. As a result, increased total contraction

force can compensate to push the content through the partial
obstruction site. Furthermore, it is worthwhile to notice that
the maximum of active phasic and active tonic stress differ.
This probably means that they are regulated in different ways.

Despite the fact that the total contraction force in-
creased after obstruction, the contraction ability of single
unit smooth muscle was decreased [15]. It is also interesting
to notice at the present study that when normalized to
muscle layer thickness, the active phasic and tonic stresses
as function of strain did not differ between obstruction
groups and sham-obstructed and normal groups. Therefore
the remodeled smooth muscle cells may be somehow dam-
aged due to long-term partial obstruction. Earlier studies
demonstrated that the hypertrophied muscle cells exhibit
ultrastructural changes of sarcoplasmic reticulum, gap con-
nections, and cytoplasmic content and decreased ratio of
myofilament to intermediate filament [30–32]. The relative
decrease in myofilament content suggests a loss of contrac-
tile machinery in remodeled smooth muscle cells due to
partial obstruction. Furthermore, it was reported that the
stiffness of collagen fibrils could influence vascular smooth
muscle cell phenotype and function [33]. The extracellular
matrix including collagen was reported to increase due to
the obstruction [11, 12]. We found that the submucosal
thickness increased after intestinal obstruction. Therefore,
the altered extracellular matrix may also affect the function
of smooth muscle cells. This needs to be further studied.
Furthermore, we noticed in the present study that the pres-
sure and stress thresholds to induce contraction increased
after obstruction. This can be caused by altered mechano-
sensory function such as resetting of the mechanoreceptors.
This issue also requires further study.

The partially obstructed intestinal model has been val-
idated previously [10, 11, 15] and demonstrated that it is
a good model for studying histomorphological and biome-
chanical intestinal remodeling [14]. The size of the band
relative to the circumference of the intestine is important for
successful obstruction. If the band is too tight, the animal
dies within 48 hours; if it is too loose, no changes will
occur [11]. In the present study, the ring was one millimetre
bigger than the outer diameter of the intestinal segment. The
mortality rate was lower than 20%. Although the band does
not compress the resting intestine, during bolus passage the
band would increase the resistance during the propagation of
contractions by compressing the intestinal wall.

5. Conclusions

The total active phasic and tonic stress increased in long-
term-obstructed intestine which is likely related to increased
total contraction force to push the content through the
partial obstruction site. However, the contraction force per
smooth muscle unit did not increase in obstructed intestine
when compared to normal intestine.
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We demonstrate that viscoelastic mechanics of striated muscle, measured as elastic and viscous moduli, emerge directly from the
myosin crossbridge attachment time, tatt, also called time-on. The distribution of tatt was modeled using a gamma distribution
with shape parameter, p, and scale parameter, β. At 5 mM MgATP, β was similar between mouse α-MyHC (16.0 ± 3.7 ms) and
β-MyHC (17.9 ± 2.0 ms), and p was higher (P < 0.05) for β-MyHC (5.6 ± 0.4 no units) compared to α-MyHC (3.2 ± 0.9). At
1 mM MgATP, p approached a value of 10 in both isoforms, but β rose only in the β-MyHC (34.8± 5.8 ms). The estimated mean
tatt (i.e., pβ product) was longer in the β-MyHC compared to α-MyHC, and became prolonged in both isoforms as MgATP was
reduced as expected. The application of our viscoelastic model to these isoforms and varying MgATP conditions suggest that tatt

is better modeled as a gamma distribution due to its representing multiple temporal events occurring within tatt compared to a
single exponential distribution which assumes only one temporal event within tatt.

1. Introduction

Advances in optical techniques have allowed detailed analysis
of the isolated single myosin crossbridge. Upon formation of
a myosin crossbridge, isomerization of the myosin molecule
provides a unitary force proportional to the length of the
lever arm and the extent of the lever arm swing, also called
the power stroke [1–4]. The time duration of crossbridge
attachment, sometimes called time-on, is also measured by
optical trapping. The distribution of attachment times has
been found to depend upon the myosin isoform, nucleotide
availability, point mutations, and several other factors [5–
12]. This time duration of crossbridge attachment plays a
significant role in determining muscle performance observed
as force and velocity of contraction at the single fiber level.

There remains, however, a considerable challenge to un-
derstand and describe how the unitary force and the tempo-
rary attachment times of myosin molecules are manifested
at the level of muscle tissue, which possesses a three-
dimensional lattice structure and can be studied intact
or submerged in physiological solutions after removal of

the plasma membrane. Viscoelastic mechanics of muscle
tissue represents one such macroscopic consequence of
these molecular phenomena. We describe in this paper a
quantitative justification and methodology for estimating the
distribution of myosin crossbridge attachment times based
on viscoelastic mechanics measured in striated muscle fibers.

Length perturbation analysis of muscle provides a means
to quantify viscoelastic mechanics and entails applying a
small length change at one end of a muscle and recording
the force response on the other end. The length pertur-
bation and force response are then subjected to Fourier
transformation, and the dynamic mechanical properties of
the muscle are characterized by the complex ratio of the
transformed force response normalized to cross-sectional
area (or σ(ω) = Fourier transformed tensile stress) divided
by the transformed length perturbation normalized to initial
length (or ε(ω) = Fourier transformed strain). This complex
ratio is also called the mechanical transfer function or
complex modulus of the muscle, Y(ω) = σ(ω)/ε(ω). The
real and imaginary parts are, respectively, termed the elastic
modulus and viscous modulus of the muscle [13, 14].
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The frequency characteristic dips (low values) and shoul-
ders (high values) observed in the elastic and viscous moduli
of activated muscle are sensitive to species of origin, myosin
isoform, and varying concentrations of MgATP and therefore
reflect the macroscopic consequence of myosin crossbridge
kinetics [4, 11, 15–18]. The dips in the moduli, most notably
the negatively valued viscous modulus, occur near the fre-
quencies at which the muscle operates in vivo [14]. The
shoulders of the moduli, however, are more prominent in
magnitude. According to our previous modeling endeavor
[19], the shoulders appearing at these higher frequencies
of the moduli reflect the mechanical consequences of
intermittent myosin crossbridge formation. In that work,
we proposed that a two-state model of the acto-myosin
crossbridge governed by first-order kinetics gives rise to a
viscoelastic work-absorbing property, termed the C-process
by Kawai and colleagues [13, 16, 20], which is characterized
by an exponential rate constant equivalent to the myosin
crossbridge off rate termed g by Huxley [21]. The mean
myosin attachment time, based on a single exponential
distribution of attachment times, could be estimated as the
reciprocal of this exponential rate constant, 2πc, after fitting
(1) to a measured complex modulus [14, 19]:

Y(ω) = A(iω)k − B
(

iω

2πb + iω

)
+ C

(
iω

2πc + iω

)
. (1)

While the single exponential representation of C-process
and its interpretation have been valuable for examining a
variety of muscle types under a number of conditions [7, 11,
13, 14, 19, 20, 22], the assumptions of first-order kinetics and
a single exponential distribution of myosin attachment times
are limiting. It is known, for example, that multiple time
periods associated with multiple biochemical states make up
the myosin crossbridge cycle. These multiple states constitute
the entire myosin crossbridge attachment time. Such an
addition of multiple smaller time periods would result in a
multiple exponential distribution or a gamma distribution
of the crossbridge attachment times rather than a single
exponential distribution assumed by first-order kinetics.

In the present study, we examine the mechanical con-
sequences of the distribution of myosin attachment times
represented by a gamma distribution, which allows the de-
scription of more discrete and longer lived time-on and yet
also allows for the possibility of a single exponential function.
The consideration of the gamma distribution effectively
poses the hypothesis that multiple temporal events which
occur within the time of attachment can be discerned in the
viscoelastic response of striated muscle at the macroscopic
level. We provide an analytical solution to the mechanical
consequences that emerge as the shoulders of the elastic
and viscous moduli. We also demonstrate the validity of
the analytical solution with computer simulations. Finally,
we demonstrate the application of the gamma distribution
representation of the C-process in a comparison of mouse
cardiac myosin heavy chain isoforms, α-MyHC and β-
MyHC, subjected to varying concentrations of MgATP.

2. Mathematical Modeling

Our goal in this section is to derive a mathematical expres-
sion that describes the viscoelastic component of a force
response to a length perturbation that has been applied to
an ensemble of myosin molecules intermittently attaching
and detaching from actin within a half sarcomere of striated
muscle. The force response and length perturbation will
form the bases for a mechanical transfer function, which
is equivalent to a viscoelastic complex modulus measured
in frequency space. We use a two-state model of myosin
attachment and detachment as our starting point in model-
ing the mechanical consequences of intermittently attached
actomyosin crossbridges. It is important to point out that
in the following development we do not assume first-order
kinetics as governing myosin attachment and detachment; in
doing so we will be able to provide a more generalized model
of the viscoelastic mechanics due to the myosin crossbridges.

The time periods of attachment, tatt, and detachment,
tdet, are considered here to be random variables whose values
are governed by stochastic processes independent of force,
stress, strain, length, velocity, and each other. The total time
period for a myosin crossbridge cycle is also a random
variable, tcycle = tatt + tdet. All myosin heads are assumed
independent of each other. During detachment, force due
to an individual myosin head is zero. During attachment,
force is given as the product of the unitary force due to the
power stroke, the length displacement of an elastic element
in series with the crossbridge, and the stiffness of that elastic
element (Figure 1). We assume that length perturbations are
sufficiently small to elicit a linear force response of the elastic
element in series with the crossbridge.

The elastic element represents the most compliant struc-
tures between the M- and Z-lines of the sarcomere in series
with the attached crossbridge. Previous work by others has
identified the most compliant structures as the head and
neck regions of the myosin S1 segment including the lever
arm bound with the essential and regulatory light chains and
that portion of myosin S2 segment not incorporated into the
thick filament backbone [4, 23, 24]. We also assume that
when the myosin is in a postpower stroke state the most
compliant elements are taut, that is, not slack as might occur
if the myosin bound to actin at a point too close to the M-line
to stretch the S2 segment [4, 23, 24].

2.1. Viscoelastic Mechanical Response of Half Sarcomere. Here
we provide a theoretical description of the force response of a
half sarcomere to an externally applied length perturbation.
We assume here that the total force that might be recorded
from a half sarcomere, Ftotal(t), is given as the sum of the
forces produced by each attached myosin crossbridge due
to its unitary force, Funi, and its dynamic response due to
the length perturbation, f (t) (Figure 1). The total force
produced by a summation of attached crossbridges will be
denoted as

Ftotal(t) =
M∑

i=1

Funi(i) + f(i)(t), (2)
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τ
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Figure 1: Force due to myosin crossbridges. (a) A unitary force, Funi, is generated over a finite time of attachment, tatt (also called time-on),
when the myosin power stroke swings the lever arm a net unitary displacement, duni. The time of detachment, tdet, refers to the time period
between a crossbridge detaching from actin and before reattaching. (b) An additional crossbridge-dependent force is transmitted through the
half sarcomere when an elastic element in series with the crossbridge and with stiffness kstiff undergoes a length change due to an externally
applied perturbation of the half sarcomere, Lhs. The force recorded at any time t, f (t), due to the perturbation reflects the displacement of
the elastic element since the initial time of crossbridge attachment, tini.

where M = the number of attached crossbridges in the half
sarcomere at time t. When an external length perturbation is
applied, the dynamic response of the ith attached crossbridge
is given as the stiffness-displacement product, which is a
linear approximation suitable for very small length pertur-
bations:

f(i)(t) = kstiff(i)
(
Lhs(t)− Lhs

(
tini(i)

))
, (3)

where kstiff = the stiffness coefficient of the crossbridge
elastic element, Lhs(t) = displacement imposed upon of the
half sarcomere by an externally driven perturbation, and
tini = the instant of initial crossbridge attachment. Under
isometric conditions, the total force is simply equal to the
total number of attached crossbridges, M, multiplied by the
mean unitary force, Funi. The dynamic force recorded over
the half sarcomere, Fhs(t), can then be defined as the total
force minus the isometric force and written as follows:

Fhs(t) = Ftotal(t)−MFuni =
M∑

i=1

kstiff(i)
(
Lhs(t)− Lhs

(
tini(i)

))
.

(4)

We now use the Inverse Fourier Transform definitions for
Fhs(t) and Lhs(t), namely,

Fhs(t) = 1√
2π

∫∞

−∞
F̃hs(ω)eiωtdω,

Lhs(t) = 1√
2π

∫∞

−∞
L̃hs(ω)eiωtdω,

(5)

where F̃hs(ω) and L̃hs(ω) are the Fourier Transform repre-
sentations of Fhs(t) and Lhs(t), respectively; then (4) can be
written as follows:

1√
2π

∫∞

−∞
F̃hs(ω)eiωtdω

= 1√
2π

∫∞

−∞

M∑

i=1

kstiff(i)L̃hs(ω)
(
eiωt − eiωtini(i)

)
dω.

(6)

We now define the variable, τ = t – tini, as the time
period between time, t, and the instant of the most recent
attachment of a crossbridge, tini. For the ith crossbridge, tini(i)

= t – τ(i). The term (eiωt − eiωtlni(i) ) in (6) then becomes (1 −
e−iωτ(i) )eiωt and we can remove the Inverse Fourier Integrals
of (6):

F̃hs(ω) =
M∑

i=1

kstiff(i)L̃hs(ω)
(

1− e−iωτ(i)

)
. (7)

The summation over a large number of attached cross-
bridges can be replaced as the product of M and the expected
value of the summed terms. To do so would require our
providing the probability density functions (PDFs) for those
random variables represented as bearing the i-subscript in
(7). We assume here that the random variables kstiff and τ are
independent of each other. Thus, the result for the expected
value of kstiff would be independent of its probability density
function and equal to the mean value for kstiff. Equation (7)
can be written as

F̃hs(ω) =MkstiffL̃hs(ω)
∫∞

0
PDFτ(t)

(
1− e−iωt

)
dt, (8)

where kstiff = mean stiffness of the elastic element and
PDFτ(t) = the probability density function for the random
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variable τ as a function of time, t. Equation (8) represents
the force response in frequency space due to an externally
applied length perturbation on striated muscle with no strain
dependence on myosin crossbridge kinetics.

The number of crossbridges attached at any time, M, can
be replaced by the total number of myosin heads available
to form crossbridges, N, multiplied by the probability that
any one myosin head has formed a crossbridge, that is, the
duty ratio tatt/tcycle. The mechanical transfer function, which
represents a measured viscoelastic complex modulus, can
then be written as follows:

F̃hs(ω)

L̃hs(ω)
= N

(
tatt

tcycle

)

kstiff

∫∞

0
PDFτ(t)

(
1− e−iωt

)
dt, (9)

where tatt = mean time duration of crossbridge attachment
and tcycle = mean time of a complete crossbridge cycle. Equa-
tion (9) represents a generalized mathematical description of
the visco-elastic response of intermittently attaching myosin
crossbridges. The form of (9) suggests that the force response
is dictated by PDFτ(t), so long as the other random variables
are sufficiently represented by their respective means. A phys-
ical interpretation of PDFτ(t) and its relation to the probabil-
ity density function for tatt, PDFtatt (t), are presented below.

2.2. Survival Function. As defined above, the random vari-
able τ represents the time period between any given time
t and the instant any bound crossbridge was formed (Fig-
ure 1(b)). In other words, τ represents the time period any
bound crossbridge has survived up to time t. The probability
(Pr) that a crossbridge has survived for a time period τ, we
will call it Sτ(t), is defined as the probability that τ is less than
the time of crossbridge attachment, tatt [25]. The probability
density function of crossbridge attachment time PDFtatt (t)
and the survival function Sτ(t) are related as follows:

Sτ(t) = Pr(t < tatt) =
∫∞

t
PDFtatt (t)dt, (10a)

−dSτ(t)
dt

= PDFtatt (t). (10b)

The PDFτ(t) needed in (8) is simply a normalization of Sτ(t)
and is defined as the survival function of (10a) divided by its
integral:

PDFτ(t) = Sτ(t)
∫∞

0 Sτ(t)dt
. (11)

With (9) we have provided a mathematical representa-
tion of the energy-absorbing viscoelastic complex modulus
that arises from intermittently attached myosin crossbridges,
and we have not assumed a specific scheme for the biochemi-
cal steps that govern the distributions of the random variable
tatt. Thus, any measure of the viscoelastic complex modulus,
given by the left hand side of (9), can be used to calculate an
estimate of PDFτ(t) and by extension through (10b) also be
used to calculate an estimate of PDFtatt (t).

2.3. Gamma Distribution Representation of PDFtatt (t). In our
previous work we chose PDFtatt (t) to be represented by a
single exponential distribution [19], which by extension of
(10a), (10b), and (11) also defined PDFτ(t) as the same
single exponential distribution. That choice reflected an as-
sumption of first-order kinetics governing the lifetime of the
myosin crossbridge in the attached state. The result was
a mathematical representation of the mechanical conse-
quences of length perturbation that was equivalent to the
historically represented C-process shown in (1).

Here we do not assume first-order kinetics. Instead, we
consider PDFtatt (t) to be represented by a gamma distri-
bution, which is used to describe random variables that
represent a time period made up of the sum of several smaller
time periods [26, 27]

PDFtatt (t) =
1

βΓ
(
p
)

(
t

β

)p−1

e−t/β, (12)

where p = a shape parameter reflecting the number of
smaller time periods summed together to produce total time
attached, tatt, β = a scale parameter reflecting the average
duration of the smaller time periods. The mean tatt is
calculated as pβ, and Γ(p) = the gamma function evaluated
at p, a normalization factor.

The two parameters p and β are sufficient to provide
a gamma distribution description of PDFtatt (t). The case
of p = 1 is a special case that is equivalent to a single
exponential function with mean β. Several examples of
gamma distributions, including a case of p = 1, are illustrated
in Figures 2(a) and 2(b), which demonstrate the effectiveness
of the gamma distribution representation in accommodating
a wide variety of probability density functions for tatt. Upon
applying (10a), we attain the associated survival function
Sτ(t):

Sτ(t) = Γ
(
p, t/β

)

Γ
(
p
) , (13a)

where Γ(p, t/β) = the upper incomplete gamma function
[26]. Example survival functions are illustrated in Figures
2(c) and 2(d) and correspond to the PDFtatt (t) examples in
Figures 2(a) and 2(b). The integral of Sτ(t) over the abscissa,
which is useful for normalization, is

∫∞

0
Sτ(t)dt = pβ. (13b)

Upon applying (13a) and (13b) to (11) we have

PDFτ(t) = Γ
(
p, t/β

)

pβΓ
(
p
) . (14)

We can now state that the complex modulus that would
arise from an ensemble of myosin crossbridges, whose dis-
tribution of tatt can be represented by a gamma distribution
presented in (12), is given by the insertion of PDFτ(t) of (14)
into the expression for the mechanical transfer function of
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Figure 2: Examples of gamma distributions and associated survival functions. (a, b) The two parameters of the gamma distribution (p
and β) permit description of a wide variety of distributions useful for representing the probability density function for myosin crossbridge
attachment time, PDFtatt (t). Notably, a single exponential results when p = 1 (a), and a Gaussian distribution is approximated as p increases.
(c, d) The survival function, Sτ(t), refers to the probability that an attached crossbridge will survive to time t. The analytical relationship
between the PDFtatt (t) and Sτ(t) is provided by (10a) and (10b).

(9). Details of the evaluation of the integral in (9) after such
a substitution are provided in the Appendix. The result is

F̃hs(ω)

L̃hs(ω)
= ξ

{

1− 1
piωβ

((
iωβ + 1

)p − 1
(
iωβ + 1

)p

)}

, (15)

where ξ = N(tatt/tcycle)kstiff.
Equation (15) describes the predicted complex modulus

that would arise from length perturbation analysis of an
ensemble of myosin crossbridges whose distribution of
attachment times is represented by a gamma distribution.
From a measured viscoelastic complex modulus represented

on the left-hand side of (15) we could use nonlinear least-
squares methods to estimate the values of the three indepen-
dent parameters ξ, p, and β, on the right-hand side of (15).

3. Methods
3.1. Computer Simulations. The force response of a virtual
half sarcomere was simulated for a time period of two
seconds for many (20,000) independent myosin heads
alternately attaching and detaching to actin according to
independent stochastic processes governing the random
variables tatt and tdet. For any one computer simulation,
random numbers representing tatt were generated to conform
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with a gamma distribution with values for p ranging from
1 to 48 and for β ranging from 2 to 24 such that the
mean time attached was either 24 ms or 96 ms. Random
numbers representing tdet were generated with values for
p = 2 and β = 48 ms such that the mean time detached
was always 96 ms. Figure 3(a) illustrates the PDFtatt (t) when
p = 3 and β = 8. Each random number generated from
this PDFtatt (t) was used to dictate the time period over
which a virtual crossbridge was attached for each occasion,
as indicated in Figure 3(b). Figure 3(c) illustrates the PDF
for tdet, PDFtdet (t), with p = 2 and β = 48. Each random
number generated from this PDFtdet (t) was used to dictate the
time over which a virtual crossbridge was detached for each
occasion. Figure 3(b) illustrates an example of successive
attachment and detachment time periods.

Sinusoidal length perturbations of the virtual half sar-
comere were simulated as having amplitude 1 nm and
frequencies over the range 1–250 Hz. Figure 3(d) illustrates
an example perturbation at 1 Hz over a one-second time
interval. Each crossbridge was assigned a stiffness constant
of 1 pN/nm [28]. The change in length of the crossbridge
relative to the time of initial attachment was multiplied by
the stiffness constant to simulate the force resulting from the
strain on the elastic element of the crossbridge. Figure 3(e)
illustrates an example series of successive attachments and
detachments over one second. Figure 3(f) illustrates the
force deflection that would occur for a crossbridge during
each time of attachment. The resulting force deflections of
20,000, independent crossbridges were summed to provide
an equivalent two-second period for the ensemble in the
virtual half sarcomere. An example of the resultant force
from 20,000 crossbridges is given in Figure 3(g). This
simulated force of the half sarcomere, Fhs(t), was fit using
a simplex method to a sine function, whose amplitude
(Amp) and phase (φ) permitted the calculation of two
components that were in phase and out of phase with respect
to the length perturbation. The value of each moduli was
then calculated from the amplitude and phase as elastic
modulus = Amp cos(φ) and viscous modulus = Amp sin(φ).
The smooth line in Figure 3(g) presents an example fit of a
sine function to the resultant force, and Figure 3(h) presents
the in-phase and out-of-phase components provided by the
Simplex method. The resulting elastic and viscous moduli,
given in units of pN/nm due to the lack of normalization
factors used in the simulation, were fit simultaneously to (15)
using a nonweighted Levenberg-Marquardt nonlinear least-
squares routine. The diagonal of the resulting covariance
matrix indicated the variances of parameter estimates. The
square root of the variance thus provided the standard error
for each parameter estimate, which was then multiplied
1.96 to provide the 95% confidence range. All computer
simulations, random number generation, curve-fittings, and
parameter estimation routines were performed using IDL
Version 7.0 (ITT, Boulder, CO).

3.2. Solutions. All reagents were purchased from Sigma (St.
Louis, Mo). Solutions were formulated by solving equa-
tions describing ionic equilibria [29]. Concentrations are
expressed in mmol/L unless otherwise noted. Relaxing solu-

tion: pCa 8.0, 5.0 ethylene glycol-tetra-acetic acid (EGTA),
5.0 ATP, 1.0 Mg2+, 20 hydroxyethyl-aminoethanesulfonic
acid (BES), 35 phosphocreatine, 300 U/mL creatine kinase,
ionic strength 200, pH 7.0. Activating solution: same as
relaxing solution with pCa 4.0. Rigor solution: same as
activating without added ATP, creatine kinase, or phospho-
creatine. Storage solution: same as relaxing with 10 μg/mL
leupeptin and 50% wt/vol glycerol. Skinning solution: same
as storage with 30 mM 2,3-butanedione monoxime (BDM)
and 1% wt/vol Triton X-100.

3.3. Viscoelastic Mechanics. All procedures were reviewed
and approved by the Institutional Animal Care and Use
Committees of The University of Vermont. Male wild-type
mice were fed either a normal mouse diet (WT) or an iodine
deficient, 0.15% 6-N-propyl-2-thiouracil (PTU) diet for at
least nine weeks prior to their being killed by rapid cervical
dislocation. The PTU mice therefore became hypothyroid
resulting in the expression of β-MyHC in the myocardium in
contrast to the α-MyHC expressed in the WT mouse heart.

Mouse left ventricular skinned myocardial strips were
prepared using methods similar to those described pre-
viously to yield thin strips (∼140 μm diameter, ∼800 μm
length) with longitudinally oriented parallel fibers [7].
These strips were chemically skinned for 2 hr at 22◦C and
stored at −20◦C for no more than 5 days. At the time
of study, aluminum T-clips were attached to the ends of
a strip ∼150 μm apart. The strip was mounted between a
piezoelectric motor (Physik Instrumente, Auburn, MA) and
a strain gauge (SensoNor, Horten, Norway), lowered into
a 30 μL droplet of relaxing solution maintained at 37◦C
and incrementally stretched to and maintained at 2.2 μm
sarcomere length detected by videography and digital Fourier
transform techniques (IonOptix, Milton, MA).

Strips were calcium activated at pCa 4.5 and subjected
to decreasing concentrations of 5, 2, and 1 mM MgATP
by exchanging equal volumes of rigor solution. Sinusoidal
perturbations of amplitude 0.125% strip length were applied
over the frequency range 0.125–250 Hz. The elastic and
viscous moduli were calculated from the recorded tension
transient as the relative magnitudes of the in-phase and
out-of-phase components with respect to the imposed
sinusoidal length perturbations [13, 20, 30]. The measured
complex modulus was fit to (1), representing the single
exponential distribution model of tatt, and to (16) below,
representing the gamma distribution model of tatt, using a
non weighted Levenburg-Marquardt non linear least-squares
routine running within IDL Version 7.0 (ITT, Boulder, CO)

Y(ω) = A(iω)k − B
(

iω

2πb + iω

)

+ ξ

{

1− 1
piωβ

((
iωβ + 1

)p − 1
(
iωβ + 1

)p

)}

.

(16)

Mean myosin time attached was calculated as (2πc)−1

when the fit was performed with (1) and as pβ for fits
using (16). The correlation coefficients between the recorded
data and the fitted models were calculated as a Pearson
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Figure 3: Schematic representation of computer-generated elastic and viscous moduli. (a)–(c) Random numbers generated from various
PDFtatt (t) (one example shown in (a)) were used to dictate the attachment times, tatt, of a virtual crossbridge. (b) shows an example
attachment and detachment sequence. (c) illustrates the PDFtdet (t), with p = 2 and β = 48, used to dictate the intermittent times of
detachment. (d) A sinusoidal length perturbation with amplitude 1 nm was used to simulate an externally applied length perturbation. This
example is at 1 Hz. (e) An example series of successive crossbridge attachments and detachments would be subject to the length perturbation.
(f) The length change that occurs during the time of attachment results in a force deflection. (g) The sum of these force deflections from
20,000 crossbridges is then fit to a sinusoidal (solid smooth line). (h) The magnitude of the component of the fitted sinusoid in phase with
the length perturbation represents the elastic modulus at this frequency, the magnitude of the component out of phase represents the viscous
modulus.

correlation coefficient. The two models used to calculate
the mean myosin time attached were compared using linear
correlation. Data points are presented as mean ± sem.

4. Results

4.1. Computer Simulations. The computer simulations pre-
sented here served two purposes: first, to demonstrate the

accuracy of the analytical derivation resulting in (15) and
second, to demonstrate that estimating the parameters
of (15) by the nonlinear least-squares methods provided
reasonable estimates of the parameters known a priori to
underlie the computer generated elastic and viscous moduli.

Figures 4(a) and 4(b) illustrate example elastic and
viscous moduli, which resulted from three separate computer
simulations using the parameter pairs p = 1 and β = 24, p = 8
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Figure 4: Examples of results from computer simulations. (a, b) The elastic and viscous moduli are plotted against frequency for three p and
β pairs. Nonlinear least-squares fitting of (15) to the data produced a good fit shown as the line for each pair of p and β. (c) The parameters
estimated from fitting (15) to the simulated data provided a comparison between the PDFtatt (t) used to generate the data and the gamma
distribution predicted from the fits. In this case, the predicted gamma distributions are nearly indistinguishable from the original PDFtatt (t).
(d) The survival function, Sτ(t), was also predicted from the parameter estimates and again very closely resembles the original Sτ(t).

and β = 3, and p = 24 and β = 4. The thin solid line represents
the best fit of (15) to the simulated data. It is interesting
to note that the first example, p = 1 and β = 24, represents
the results from a single exponential model of PDFtatt (t). The
elastic modulus monotonically rises to a maximum, and the
viscous modulus monotonically rises to a max at 6.6 Hz and
then monotonically falls. It is important to note that the
shape of the viscous modulus when p = 1 is symmetrical
about the peak when shown on the log-scaled axis. The other
examples with p > 1 shown in Figures 4(a) and 4(b) do
not demonstrate similarly smooth monotonic behavior. The
elastic and viscous moduli instead show fluctuations, which
result from the narrower distributions of tatt when p > 1

compared to the single exponential distribution. Also, the
viscous modulus is no longer symmetrical about its peak.

Table 1 provides a comparison of parameter values used
to generate the simulations and the parameter estimates
calculated by the nonlinear least-squares routine fitting
(15). For the three fitted parameters p, β, and ξ, the 95%
confidence intervals for the parameter estimates were narrow
compared to the magnitude of the values. These confidence
intervals demonstrate the high precision and uniqueness of
the parameter estimates. In addition, the correlation coeffi-
cients between values used and values estimated were con-
sistently greater than 0.997. Based on the narrow confidence
intervals for parameter estimates and the high correlation
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Table 1: Parameter values used to generate random numbers in computer simulations of a force response due to myosin crossbridges
subjected to sinusoidal length perturbations, and estimated parameter values from that force response fit to (15). For all simulations
tdet = 96ms, N = 20, 000 and kstiff = 1 pN/nm. Est[] = estimated value of bracketed parameter, () indicates the ±95% confidence intervals
for estimated value. The correlation between actual and estimated values resulted in a correlation coefficient greater than 0.997 for each
parameter.

Sim number p β (ms) tatt (ms) ξ (pN/nm) Est[p] Est[β] (ms) Est[tatt] (ms) Est[ξ] (pN/nm)

(1) 1 24 24 4000 0.91 (0.01) 25.13 (0.06) 22.89 4005.0 (0.5)

(2) 2 12 24 4000 2.01 (0.01) 11.98 (0.03) 24.09 4019.8 (0.4)

(3) 3 8 24 4000 3.22 (0.01) 7.48 (0.02) 24.08 3981.2 (0.4)

(4) 6 4 24 4000 6.11 (0.02) 3.89 (0.01) 23.79 3986.4 (0.4)

(5) 8 3 24 4000 8.70 (0.03) 2.75 (0.01) 23.95 3997.4 (0.4)

(6) 4 24 96 10000 3.99 (0.01) 24.03 (0.03) 95.88 10007.0 (0.3)

(7) 8 12 96 10000 6.83 (0.01) 13.93 (0.02) 95.12 10003.8 (0.3)

(8) 12 8 96 10000 12.00 (0.02) 7.98 (0.01) 95.71 10012.8 (0.3)

(9) 16 6 96 10000 16.04 (0.03) 6.05 (0.01) 97.03 10022.6 (0.3)

(10) 24 4 96 10000 24.10 (0.06) 3.99 (0.01) 96.07 10017.2 (0.3)

(11) 48 2 96 10000 49.61 (0.15) 1.92 (0.01) 95.13 10004.0 (0.3)

Note: ξ = N(tatt/tcycle)kstiff.

between parameter estimates and actual parameter values,
we are confident that the analytical expression provided by
(15) accurately represents the mechanical consequences of
temporarily attached myosin crossbridges, whose times of
attachment are gamma distributed.

For the three examples given in Figures 4(a) and 4(b),
the estimated parameter values were used to calculate the
PDFtatt (t) and Sτ(t) using (12) and (13a), respectively.
Figure 4(c) illustrates a comparison between the PDFtatt (t)
used to generate the simulation and that calculated from
the parameter estimates. Figure 4(d) provides a similar
comparison for S(τ). For both PDFtatt (t) and Sτ(t), the
estimated parameters reasonably reproduced the original
functions used to generate the simulations. These compar-
isons illustrate the robustness with which parameters of the
gamma distribution can be estimated using the nonlinear
least-squares methods, which fit (15) to the elastic and
viscous moduli.

4.2. Viscoelastic Mechanics. Muscle strips from both groups
activated to a similar maximum developed tension of
20.7 ± 1.8 mN·mm−2 for WT (n = 6) and 22.1 ± 1.7
mN·mm−2 for PTU (n = 6). Figure 5 illustrates the elastic
and viscous moduli recorded for maximally activated muscle
strips isolated from WT and PTU mice, representing, respec-
tively, the α-MyHC (Figures 5(a) and 5(b)) and β-MyHC
(Figures 5(c) and 5(d)) isoforms. The myosin crossbridge
kinetics in the α-MyHC are faster than those in β-MyHC
and are reflected in the higher frequencies ranges for the
dips and shoulders in the α-MyHC. For example, the most
prominent dip and shoulder of the viscous modulus at 5 mM
MgATP occur at ∼9 and 90 Hz, respectively, in the α-MyHC
and occur at lower frequencies 2 and 30 Hz in the β-MyHC.
These observations are consistent with a longer-lived tatt in
the β-MyHC compared to α-MyHC [5, 9].

As MgATP is reduced the dips and shoulders of the
moduli shift to lower frequencies, as best seen in the

viscous modulus. The muscle also becomes stiffer, which
is reflected in higher values of the elastic modulus, due to
a greater fraction of crossbridges formed at any one time.
These observations with lowering MgATP concentrations are
consistent with a prolonged tatt due to a prolonged rigor state
prior to MgATP binding to myosin and subsequent myosin
detachment from actin.

4.3. Parameters of Gamma Distribution Model of tatt. Fits of
(16) to the elastic and viscous moduli provided estimates
of the gamma distribution parameters, p and β, and a
calculation of mean tatt as the product pβ. At 5 mM MgATP
the shape parameter p was lower in the α-MyHC compared
to β-MyHC (Figure 6(a)). At lower MgATP (1 and 2 mM),
the shape parameter rises in both myosin isoforms and
is not different between them. At all MgATP conditions
and in both isoforms, the estimate for p was consistently
near or greater than 2. This finding suggests that a single
exponential distribution, which would have been represented
by the gamma distribution with p = 1, did not fit the data
as well as a gamma distribution with p > 2. Our finding
p > 2 suggests two or more intermediate time periods within
tatt. These results imply that the PDFtatt (t) reflected in the
recorded elastic and viscous moduli is better represented
by a distribution that describes multiple time intervals
within tatt. In the strictest interpretation of the gamma
distribution shape parameter, the rise in p with decreasing
MgATP implies additional elemental time periods summed
together to produce the total tatt. We would, however, caution
that p approaching 10 as MgATP is lowered may be more
reflective of an increasing tatt and not suggestive of additional
biochemical states, as the lower MgATP would prolong only
one biochemical state, the rigor state [4].

The parameter β effectively represents the duration of the
intermediate time period that is summed p times to make up
the total tatt. As illustrated in Figure 6(b), parameter β was
found to be on the order of 1.5–2 ms for both α-MyHC and
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Figure 5: Example elastic and viscous moduli from mouse cardiac muscle strips. (a, b) The elastic and viscous moduli recorded at frequencies
ranging 0.125–250 Hz for wild-type mouse cardiac muscle expressing α-MyHC at maximum calcium activation and 37◦C. The frequency
characteristics of the dips and shoulders are reflective of the underlying enzymatic activity and shift to lower frequencies as MgATP is
reduced from 5 to 1 mM. (c, d) The elastic and viscous moduli recorded for PTU-fed mouse cardiac muscle expressing β-MyHC. Frequency
characteristics appear at lower frequencies compared to α-MyHC. Again, characteristics shift to lower frequencies as MgATP is reduced.

β-MyHC, except at 5 mM MgATP where β was 3.5 ms in the
β-MyHC. We expected this parameter to have increased with
decreasing MgATP, as lowering MgATP prolongs the rigor
state. This parameter, however, was not as sensitive as p in
describing the prolongation of tatt with decreasing MgATP.

Fluctuations and asymmetries in the elastic and viscous
moduli, which are characteristic of the gamma distribution
for PDFtatt (t), may not be easily seen in the averaged values
for the moduli presented in Figure 5. To better demonstrate
these fluctuations, an example pair of elastic and viscous
moduli recorded from one β-MyHC muscle preparation at
1 mM MgATP is presented in Figures 6(c) and 6(d). The
A- and B-processes have also been subtracted from the
measured elastic and viscous moduli resulting in the C-
process, which reflects the viscoelastic mechanics modeled
here. The dotted lines shown in Figures 6(c) and 6(d)

represent the expected C-process when p = 1, the single
exponential distribution. The recorded C-process, however,
demonstrates fluctuations in the elastic modulus and an
asymmetry in the viscous modulus different from the p = 1
case and consistent with the fluctuations and asymmetries
for p > 1 illustrated in Figure 4.

The mean tatt was prolonged in the β-MyHC compared to
α-MyHC at each MgATP examined and was also prolonged
as MgATP was reduced (Figure 7(a)). These findings are
consistent with known consequences of myosin isoform and
MgATP availability [5, 9, 16]. The calculation of the mean
tatt based on the gamma distributed tatt was generally higher
than that calculated based on the exponential distributed tatt,
showing that the shape of the PDFtatt (t) affects the calculated
value of mean tatt. Notably, the correlation between tatt based
on the gamma distribution and that based on the exponential



Journal of Biomedicine and Biotechnology 11

∗

0

2

4

6

8

10

12

14

1 2 5

p-
ga

m
m

a
di

st

MgATP (mM)

∗

0

1

2

3

4

5

β
(m

s)
-g

am
m

a
di

st

WT: α-MyHC
PTU: β-MyHC

1 2 5

MgATP (mM)

11

1

0

0

500

1000

100

1500

2000

E
la

st
ic

m
od

u
lu

s
(m

N
·m

m
−2

)

Frequency (Hz)

0

V
is

co
u

s
m

od
u

lu
s

(m
N
·m

m
−2

)

10 100

Frequency (Hz)

Example raw data Fit using GD model

Fit with p = 1

200

400

600

A- and B-processes subtracted

(a)

(b)

(c)

(d)

Figure 6: Results of fitting elastic and viscous modulus to gamma distributed and single exponential distributed models of PDFtatt (t). (a,
b) The shape parameter, p, and the scale parameter, β, were estimated from fitting the gamma distribution model of (16) to the measured
elastic and viscous moduli. ∗P < 0.05 by t-test between MyHC isoforms at same MgATP. (c) The elastic modulus recorded from one PTU
β-MyHC muscle preparation at 1 mM MgATP is shown with its fit to (16), that is, the gamma distribution (GD) model. The goodness of
fit is representative of the fits for all samples in this study. The A- and B-processes of (16) were then subtracted from the recorded elastic
modulus to demonstrate fluctuations in the remaining C-process, which are more apparent when compared against the single exponential
model (p = 1) of the tatt distribution (dotted line). These fluctuations are mechanical consequences of the gamma distributed tatt. (d) The
corresponding viscous modulus was also subjected to fit and subtraction of A- and B-processes. The resulting C-process is compared against
the single exponential model of the tatt distribution (dotted line). The asymmetry in the peak of the viscous modulus is subtle, but apparent
at frequencies higher than 11 Hz.

distribution model was very strong, r2 = 0.932 (Figure 7(b)),
which indicates that both methods are capable of making
comparisons of tatt among multiple groups or conditions.
The Pearson correlation coefficient between the recorded
data and the fitted models was very high, but was higher in
the gamma distribution model (r2 = 0.986 ± 0.002) com-
pared to single exponential model (r2 = 0.980 ± 0.002). We
would expect the estimate of mean tatt based on the gamma
distribution to be somewhat more accurate than those based
on the single exponential distribution. Unfortunately, at this

time and without some other independent method to verify
the actual mean tatt in the muscle strip, we cannot say with
certainty what bias is introduced into our estimate of tatt

using either model.
The parameter estimates resulting from the fits to (16)

were used to predict the distributions of tatt, that is, PDFtatt (t),
for each MyHC isoform and at each MgATP condition
examined (Figure 8). The distributions for the α-MyHC
(Figure 8(a)) appear at shorter time periods compared to
those of β-MyHC (Figure 8(b)). The distributions in both
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Figure 7: Mean time of crossbridge attachment. (a) The mean time of crossbridge attachment using both models of PDFtatt (t) demonstrated
a longer tatt for β-MyHC and a prolongation in tatt as MgATP was reduced. The two models agreed qualitatively in these respects, but did
not agree quantitatively as estimates using the gamma distribution (GD) model were ∼40% higher than those using the single exponential
distribution model (SED). (b) Values for tatt using the two models correlated strongly. Despite the relative differences in the estimates of tatt,
either model produces similar results for comparing the effects of isoform and MgATP. ∗P < 0.05 by t-test between MyHC isoforms at same
MgATP.

isoforms shift to longer time periods as MgATP is reduced.
According to results from optical trapping [2, 4], in both
isoforms inorganic phosphate Pi is released either prior to
force production or very quickly after force production. Thus
we depict Pi release in Figures 8(c)–8(f) to occur quickly.
At saturating MgATP concentrations (i.e., 5 mM), the rigor
state would be very short and the longest-lived state and the
most significant contributor to the total tatt would be the
ADP state (Figures 8(c) and 8(e)). Because lowering MgATP
concentration would lengthen only the rigor state (Figures
8(d) and 8(f)), the mean tatt in both isoforms would have
been prolonged due to longer rigor states. Particularly in
the cases of lower MgATP, the value for tatt would be made
up of the sum of multiple times periods, as indicated by
the increased shape parameter, and the distribution of tatt is
better represented by the gamma distribution.

5. Discussion

It is generally understood that force recorded in response
to a length perturbation reflects (i) the number of myosin
crossbridges bound to actin in a force-generating postpower
stroke confirmation and (ii) a viscoelastic response that is
the consequence of the length perturbation having been
applied to temporarily formed crossbridges. The viscoelastic
response, however, is often overlooked as a significant com-
ponent of the dynamic force response. By frequency domain

analysis, however, it is clear that the viscoelastic response is
substantial in magnitude, and the frequency characteristics
of the viscoelastic response emerge as a consequence of cross-
bridge kinetics [14, 16, 19]. The macroscopic measurements
of viscoelastic mechanics in striated muscle combined with
the modeling results presented in this paper can be used
to estimate the microscopic temporal parameters reflecting
myosin crossbridge kinetics, specifically the distribution of
myosin attachment times (tatt) in a muscle fiber.

Our current modeling culminated in a specific math-
ematic representation of the mechanical transfer func-
tion that would arise from intermittently attached myosin
crossbridges, (9). This representation was also provided
previously [19], but without significant discussion regarding
the normalized survival function, that is, the PDFτ(t) term,
in the integrand. We have provided here an explanation
of the survival function, which underlies PDFτ(t) and its
relationship with the distribution of tatt, namely, PDFtatt (t)
((10a) and (10b)). Using the survival function and its
relationship to the distribution of tatt was a very important
step in demonstrating how the macroscopic viscoelastic
mechanics emerge from molecular phenomena.

The gamma distribution model provided a more gen-
eralized representation of the many possible distributions
of tatt and in so doing provided an opportunity to discern
the more subtle consequences of the tatt distribution. The
shape parameter in particular permits this more generalized
description of the tatt distribution. The effect of the shape
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Figure 8: Predicted gamma distributed PDFtatt (t) for the two myosin isoforms under varying MgATP conditions at 37◦C. (a) The parameter
values estimated for the α-MyHC demonstrate an increasing shape parameter and prolonged tatt as MgATP was reduced. The resulting
PDFtatt (t) looks more Gaussian in shape rather than exponential as MgATP was reduced. This would be consistent with a longer rigor state
prior to MgATP binding and detachment of the myosin crossbridge. (b) The distributions for β-MyHC represent longer tatt compared to
α-MyHC. Again, a longer rigor state would arise with lower MgATP. (c, d) In the α-MyHC at 5 mM MgATP, the release of Pi, release of
ADP, and binding of ATP occur in relatively quick succession. The time periods that represent the Pi and ADP states, however, would not be
affected by MgATP availability. With the reduction in MgATP concentration, the rigor state would be prolonged as detected in the viscoelastic
mechanics. (e, f). In the β-MyHC, the ADP state is longer than that in the α-MyHC and the rigor state is more dramatically prolonged with
decreasing MgATP compared to α-MyHC.

parameter, which was always estimated to be near or greater
than 2, indicates that the distributions of tatt that underlie
that recorded elastic and viscous moduli in both isoforms
and under various MgATP conditions were distinct from
the single exponential distribution and with lower MgATP
begin to resemble Gaussian distributions. The increasing
shape parameter with decreasing MgATP is consistent with
the prolongation of the rigor state of the myosin crossbridge.
We interpret these results for p and β to indicate that the
crossbridge tatt is best represented by two or more interme-
diate time periods, but we caution that a p approaching a
value of 10 may simply reflect a longer tatt and not additional
biochemical states. The production of additional models

stipulating only 2- or 3-specific states may be warranted.
Such a model may be useful in detecting which biochemical
state of the crossbridge cycle is affected by an intervention
such as that due to drug or posttranslational modification.
We are aware, however, that increasing the number of fitted
parameters may also lead to greater covariance among the
parameters and less meaningful results.

We believe that our results demonstrate a benefit and
utility of the gamma distribution model, which allows
for near-zero occurrences of very short values for tatt, as
would be expected for some cases such as low MgATP
concentrations and lower temperatures. The single exponen-
tial model, on the other hand, presumes that the most
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frequent values for tatt occur at the shortest times. Our
results, particularly at lower MgATP, suggest that the single
exponential model may not be sufficient to fully describe the
distributions of tatt and the viscoelastic mechanical conseq-
uences as occuring in skinned muscle strips. It is notable,
however, that while the gamma distribution model of tatt

provides a generalized model of the mechanical conseq
uences of the intermittent attachment of myosin to actin,
we found that the single exponential model is sufficient for
purposes of comparing estimated values of mean tatt based
on the elastic and viscous moduli.

The gamma distribution model of myosin tatt leads to
characteristics of elastic and viscous moduli that might not
be obvious or intuitively predictable. Specifically, we did not
expect the fluctuations and asymmetry in the elastic and
viscous moduli that emerged from a gamma distributed tatt

with p > 1. As the shape parameter increases and the tatt

distribution becomes more Gaussian in shape, the fluctua-
tions and asymmetries observed in the elastic and viscous
moduli in the frequency domain became more pronounced.
Only through completion of the analytical derivation and
computer modeling were we able to demonstrate these
particular mechanical consequences.

5.1. Limitations. Myosin kinetics are known to demonstrate
dependencies on load or strain [10, 12], which were not
considered in the present work. The modeling in the
present work focuses on explaining only the viscoelastic
mechanics at higher frequencies and specifically ignores any
strain dependencies thus providing a limited model of the
macroscopic mechanical consequences of myosin kinetics. A
more complete model of viscoelastic mechanics would need
to predict and explain the dips in the elastic and viscous
moduli like those observed at the lower frequencies. The
negative viscous modulus, which corresponds to mechanical
energy production by the muscle preparation, may well
be one particular outcome of a strain dependency on
myosin kinetics. For example, the myosin time attached
may be shortened during muscle lengthening at these lower
frequencies, perhaps in a Pi-dependent manner [31–33], and
the number of force-generating crossbridges attached during
shortening versus lengthening would therefore contribute to
an observation of mechanical work production.

5.2. Conclusion. The importance of experimental observa-
tions of the single myosin molecule using optical techniques
cannot be overstated. Without these methods, we would not
likely be able to discern the nature of muscle force production
at the molecular level. Discerning the performance of myosin
within the context of myofilament lattice structure like that
found in vivo is also important. Mathematical and computer
models of muscle performance, such as that presented in
this work, are valuable in their providing the opportunity
to detect a measure of myosin performance, that is, the
distribution of tatt, within the context of in vivo sarcomeric
structure that is not currently technologically possible by
other means.

Appendix

In this appendix we provide a more detailed derivation
of (15), which is the solution to (9) when PDFtatt (t) is
represented by a gamma distribution. Therefore, PDFτ(t) in
the integrand of (9) is represented by a normalized upper
incomplete gamma function shown in (14):
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We choose to take the terms not containing t out of the
integral:
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For purposes of solving the definite integral above, we scale
every occurrence of t within the integral by β as follows:
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The definite integral has been solved previously [34]:
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Upon canceling factors we get the following:
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We choose to write the bracketed term in the following form:

F̃hs(ω)

L̃hs(ω)
= N

(
tatt

tcycle

)

kstiff

{

1− 1
piωβ

((
iωβ + 1

)p − 1
(
iωβ + 1

)p

)}

.

(A.6)

Equation (A.6) represents the predicted complex modulus
that would arise from an ensemble of myosin crossbridges
whose time attached is described by a gamma distribution
with shape parameter p and scale parameter β.

When p = 1 we get the special case for the gamma distri-
bution being equivalent to a single exponential distribution.
The solution provided in (A.6) for p = 1 then reduces to the
following.
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The form of (A.7) is equivalent to that provided previously
as a model for the C-process of sinusoidal analysis [19]. The
mean time attached is represented here as β.
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We discuss the functional roles of β2-adrenergic receptors in skeletal muscle hypertrophy and atrophy as well as the adaptive
responses of β2-adrenergic receptor expression to anabolic and catabolic conditions. β2-Adrenergic receptor stimulation using
anabolic drugs increases muscle mass by promoting muscle protein synthesis and/or attenuating protein degradation. These effects
are prevented by the downregulation of the receptor. Endurance training improves oxidative performance partly by increasing β2-
adrenergic receptor density in exercise-recruited slow-twitch muscles. However, excessive stimulation of β2-adrenergic receptors
negates their beneficial effects. Although the preventive effects of β2-adrenergic receptor stimulation on atrophy induced by muscle
disuse and catabolic hormones or drugs are observed, these catabolic conditions decrease β2-adrenergic receptor expression in
slow-twitch muscles. These findings present evidence against the use of β2-adrenergic agonists in therapy for muscle wasting and
weakness. Thus, β2-adrenergic receptors in the skeletal muscles play an important physiological role in the regulation of protein
and energy balance.

1. Introduction

The skeletal muscle is the most abundant tissue in the human
body comprising 40–50% of body mass. Skeletal muscle
protein undergoes rapid turnover, which is regulated by the
balance between the rates of protein synthesis and degra-
dation. Physical activity (exercise training) and anabolic
hormones and drugs (sports doping) increase muscle protein
content. However, sarcopenia and muscle disuse (due to
unloading, microgravity, or inactivity) and diseases decrease
muscle protein content. The rate of protein synthesis is at
least in part mediated by β2-adrenergic receptors (β2-ARs) in
skeletal muscles in both anabolic and catabolic conditions.

ARs belong to the guanine nucleotide-binding G-pro-
tein-coupled receptor (GPCR) family. Skeletal muscle con-

tains a significant proportion of β-ARs. The β2 subtype is the
most abundant, while ∼7–10% of ARs are the β1 subtype
[1, 2]. Furthermore, β2-AR is more dense in slow-twitch
muscles than in fast-twitch muscles [3, 4]. However, the
magnitude of anabolic responses to β2-adrenergic agonists
is greater in fast-twitch muscles than in slow-twitch muscles
[5–8].

The family of β-ARs was originally believed to signal
predominantly via coupling with a stimulatory guanine
nucleotide-binding protein, Gαs; however, recent studies
revealed that both β2- and β3-ARs in skeletal muscle
are also capable of coupling to an inhibitory guanine
nucleotide-binding protein, Gαi [9]. β2-AR activates the
Gαs/adenylyl cyclase (AC)/cyclic adenosine monophosphate
(cAMP)/cAMP-dependent protein kinase A (PKA) signaling
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Figure 1: Changes in β2-AR expression in hypertrophied and atrophied skeletal muscles. (a) β2-AR stimulation using anabolic drugs
downregulates β2-AR expression in hypertrophied fast-twitch muscles but not in slow-twitch muscles [4, 7, 8, 14–17]. (b) Exercise training
such as endurance training upregulates β2-AR expression in exercise-recruited slow-twitch muscles, whereas no changes or downregulations
are observed in fast-twitch muscles [18, 19], although muscle mass is not altered. However, although exercise training such as isometric
strength training induces muscle hypertrophy, there is no insight regarding the effects of such exercise on β2-AR expression. The differential
effects of types of exercise training on physiological responses such as β2-AR expression and muscle hypertrophy should be clarified in more
detailed and are currently being investigated by our group. (c) Catabolic hormones or drugs such as glucocorticoids downregulate β2-AR
expression in nonatrophied slow-twitch muscles but not fast-twitch muscles [16, 20, 21]. (d) Muscle disuse downregulates β2-AR expression
in atrophied slow-twitch muscle, whereas no changes or upregulation of receptor expression are observed in fast-twitch muscles [14, 22].
Up arrow (open arrow): upregulation of β2-AR expression; down arrow (filled arrow): downregulation of β2-AR expression; lateral arrow
(shade arrow): no change.

pathway. The signaling pathway is at least in part responsible
for the anabolic response of skeletal muscle to β2-AR
stimulation. Further, in addition to the well-documented
inhibition of AC activity [10], β2-AR coupling to Gαi

activates Gαs-independent pathways [11].
β2-AR has 7 transmembrane α helices forming 3 extra-

cellular loops, including an NH2 terminus and 3 intracellular
loops that include a COOH terminus [12]. β2-AR contains
phosphorylation sites in the third intracellular loop and
proximal cytoplasmic tail. Phosphorylation of these sites

triggers the agonist-promoted desensitization, internaliza-
tion, and degradation of the receptor [13]. These regulatory
mechanisms contribute to maintaining agonist-induced β2-
AR responsiveness in various conditions.

The adaptive responses of β2-AR expression to anabolic
and catabolic conditions in skeletal muscles are shown in
Figure 1. Understanding the correlation between changes in
muscle mass and β2-AR expression in several anabolic or
catabolic conditions present scientific evidence to eradicate
sports doping and identify novel approaches for attenuating



Journal of Biomedicine and Biotechnology 3

muscle atrophy concomitant with disuse and various dis-
eases. This paper will discuss the effects of (1) pharmaco-
logical β2-AR stimulation (sports doping), (2) muscle hyper-
trophy (exercise training), and (3) muscle atrophy (catabolic
conditions and hormones) on β2-AR expression in skeletal
muscles.

2. Pharmacological Stimulation of β2-AR

2.1. Muscle Hypertrophy and β2-AR. A β2-adrenergic ago-
nist, clenbuterol [1-(4-amino-3,5-dichlorobenzyl)-2-(tert-
butylamino) ethanol], is used as a nonsteroidal anabolic
drug for sports doping. According to the recent World Anti-
Doping Agency (WADA) documents, clenbuterol was the
seventh most commonly used anabolic agent in 2009 (67
cases; 2.0% of all anabolic agents used).

Numerous studies have shown that the administration of
β2-adrenergic agonists induces muscle hypertrophy in many
species [23–25]. Experiments using mice lacking β1-AR,
β2-AR, or both demonstrate that β2-adrenergic agonist-
induced functions such as muscle hypertrophy are mediated
by β2-AR [26]. β2-Adrenergic agonists promote muscle
growth by increasing the rate of protein synthesis and/or
decreasing protein degradation [23–25]. Furthermore,
β2-adrenergic agonists induce slow-to-fast [myosin heavy
chain (MHC)I/β → MHCIIa → MHCIId/x → MHCIIb]
transformation of muscle fibers.

The β2-AR signaling pathway involves the agonist-
dependent activation of Gαs, which in turn activates AC,
resulting in increased cAMP production. Cyclic AMP-
activated PKA initiates the transcription of many target genes
via the phosphorylation of cAMP-response-element-(CRE-)
binding protein (CREB) or adaptor proteins such as CREB-
binding protein (CBP) and p300, subsequently promoting
protein synthesis [23]. While β2-AR-mediated signaling was
traditionally believed to involve selective coupling to Gαs,
recent studies revealed that β2-AR exhibits dual coupling to
both Gαs and Gαi in skeletal muscles [9, 23]. In addition
to Gαs, Gαi-linked Gβγ subunits play an active role in
various cell signaling processes such as the phosphoinositol 3
kinase (PI3 K)/protein kinase B (Akt)/mammalian target of
rapamycin (mTOR)/p70S6 K and PI3 K/Akt/forkhead box-O
(FOXO) pathways. These signaling pathways play important
roles in β2-adrenergic agonist-induced hypertrophy in skele-
tal muscles [23].

In addition to promoting protein synthesis, the hyper-
trophic response of skeletal muscles following β2-adrenergic
agonist administration is associated with decreased protein
degradation. β2-Adrenergic agonists attenuate protein degra-
dation predominantly via Ca2+-dependent proteolysis and
the ATP/ubiquitin-dependent pathway [27–31]. However,
there is little knowledge regarding the preventive effects of
β2-adrenergic agonists on the proteolysis system compared
with the protein synthesis system.

The hypertrophic responses to β2-adrenergic agonists
are observed much frequently in fast-twitch muscle than in
slow-twitch muscle. Our group previously demonstrated that
clenbuterol administration (1.0 mg·kg−1·day−1) to rats for

10 days increases the mass of fast-twitch (extensor digito-
rum longus: EDL) muscle without altering in slow-twitch
(soleus) muscle [7, 8]; other groups also observed the same
tendency [5, 6, 32–35]. However, the mechanisms of the
fiber-type-dependent effects of β2-adrenergic agonists on
muscle hypertrophy remain unclear.

Pearen et al. [36, 37] and Kawasaki et al. [38] identified
that β2-AR activation increases the expression of the orphan
nuclear receptor, NOR-1 (NR4A3), a negative regulatory
factor of myostatin (a member of the transforming growth
factor-β superfamily and a potent negative regulator of
muscle mass), in fast-twitch muscles without altering that
in slow-twitch muscles. Furthermore, Shi et al. [32] demon-
strate the possibility that β2-adrenergic agonist-induced
fiber-type-dependent hypertrophy is in part due to the extra-
cellular signal-regulated kinase (ERK)/mitogen activated
protein kinase (MAPK) pathway. Moreover, the pharmaco-
logical inhibition of the PI3 K/Akt/mTOR signaling pathway
revealed that the attenuation of the anabolic response to
clenbuterol is greater in fast-twitch muscles than in slow-
twitch muscles [30]. In addition to the protein synthesis
system, Yimlamai et al. [35] found that clenbuterol inhibits
ubiquitination more strongly in fast-twitch muscles than in
slow-twitch muscles. Thus, β2-AR-mediated signaling path-
ways tend to promote muscle hypertrophy to a greater extent
in fast-twitch muscle than in slow-twitch muscle.

2.2. Posttranslational Regulation of β2-AR. As shown in
Table 1, some reports focus on the responses of β2-AR
expression to β2-AR stimulation in skeletal muscles [4, 7,
8, 14–17]. This is because β2-AR functions such as muscle
hypertrophy are maintained via receptor density, including
synthesis and downregulation as well as receptor sensitivity,
which includes receptor sensitization, desensitization, phos-
phorylation, and internalization [13, 39, 40].

The desensitization of β2-AR is associated with receptor
phosphorylation. McCormick et al. [41] demonstrate that
fast-twitch fibers mainly express nonphosphorylated β2-AR,
whereas slow-twitch fibers predominantly express phospho-
rylated β2-AR. Furthermore, treating muscle fibers with β2-
adrenergic agonists (e.g., clenbuterol, formoterol, and salbu-
tamol) increases the phosphorylation of β2-AR in slow-
twitch fibers but not in fast-twitch fibers [41]. On the other
hand, the receptor phosphorylation occurs via the actions of
protein kinases (such as PKA) and/or GPCR kinase (GRK).
Rat skeletal muscles contain predominantly GRK2 and
GRK5; GRK protein is expressed more in fast-twitch muscles
than in slow-twitch muscles. These expression levels in each
type of muscle fiber are not altered by β2-adrenergic agonist
administration [42]. Thus, there is a negative correlation
between the level of phosphorylated β2-AR and receptor
kinase. Therefore, further investigation is needed to reveal
the detailed mechanism of β2-AR phosphorylation.

Following β2-AR phosphorylation, the receptor is inter-
nalized into the cytosol. The internalized β2-AR is then
degraded or dephosphorylated and subsequently recycled to
the membrane [13, 43–45]. Prolonged administration of β2-
adrenergic agonists leads to the downregulation of β2-AR
density in skeletal muscles [15–17]. These posttranslational
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Table 1: Responses of β2-AR expression in skeletal muscle to anabolic and catabolic conditions.

Conditions Species
β2-AR

Other findings References
Protein mRNA

β2-AR stimulation
Fenoterol

Rat
↓ (FT) n.d.

[4]

(1.4 mg · kg−1 · day−1, 4 weeks) → (ST)
Clenbuterol

Rat
n.d. ↓ (FT) β1-AR mRNA ↓ (LV)

[7]

(1.0 mg · kg−1 · day−1, 10 days) → (ST) β2-AR mRNA ↓ (LV)
Clenbuterol

Rat

n.d. ↓ (FT) GR mRNA ↓ (FT)

[8]

(1.0 mg · kg−1 · day−1, 10 days) → (ST) HuR mRNA ↓ (FT)
AUF1 mRNA ↓ (FT)

hnRNP A1 mRNA ↓ (FT)
Fenoterol

Rat
→ (FT, ST) ↓ (FT, ST) Gαs content→ (FT, ST)

[14]

(1.4 mg · kg−1 · day−1, 2–7 days) AC activity→ (FT, ST)
Clenbuterol

Rat
↓ (FT+ST) n.d.

[15]

(2.0 mg · kg−1 · day−1, 18 days)
Clenbuterol

Rat
↓ (FT) n.d. β2-AR affinity→ (FT)

[16]

(4.0 mg · kg−1 of feed, 10 days)
Clenbuterol

Rat
↓ (FT+ST) n.d.

[17]

(0.2 mg · kg−1 · day−1, 7 days)
Clenbuterol (50 μM)

Mouse (ex vivo)
Phosphorylated n.d. cAMP concentration ↑

[41]

Formoterol (100 μM) β2-AR ↑ (ST), (FT, ST)
Salbutamol (500 μM) → (FT)

Endurance training
Treadmill (12 weeks)

Rat
↓ (FT) n.d. β2-AR afflnity →

[18]

AC activty ↓
Gαs content ↓

Treadmill (18 weeks)
Rat

→ (FT) n.d. AC activity ↑ (FT, ST)
[19]

↑ (ST) β2-AR density→ (acute)

Catabolic conditions
Dexamethasone

Rat
→ (FT, ST) → (FT) GR mRNA ↓ (FT, ST)

[20]

(1.0 mg · kg−1 · day−1, 10 days) ↓ (ST) CREB mRNA ↓ (ST)
AUF1 mRNA ↑(FT)

Dexamethasone
Rat

n.d. → (FT) GR mRNA ↓ (FT, ST)
[21]

(1.0 mg · kg−1 · day−1, 10 days) ↓ (ST) β1-AR mRNA ↑ (LV)
Dexamethasone

Rat
→ (FT) n.d. β2-AR affinity→ (FT)

[16]

(0.2 mg · kg−1 · day−1, 10 days)
Casted-immobilization

Rat
→ (FT, ST) → (FT) GR mRNA ↓ (ST)

[22]

(10 days) ↓ (ST) GR protein ↓ (ST)
Aging Rat → (FT, ST) n.d. [4]

Injury
Rat

↑ (FT) ↑ (FT) Gαs content ↑ (FT), ↓ (ST)
[14]

(bupivacaine injection) ↓ (ST) ↓ (ST) AC activity ↑ (FT, ST)

FT, fast-twitch muscle; ST, slow-twitch muscle; LV, left ventricle muscle. Up arrow, increase; down arrow, decrease; lateral arrow, no change. n.d., no data.

regulations are advantageous for maintaining the rate of
muscle protein synthesis and/or degradation.

2.3. Short-Term and Chronic Transcriptional Regulation of
β2-AR. β2-AR synthesis, including transcription and sub-
sequent translation, is required to restore transmembrane
receptor density. The process of β2-AR synthesis can be
separated into 2 pathways: (1) the positive autoregulation of
β2-AR gene transcription via receptor-mediated elevation of
cAMP concentration followed by the phosphorylation and
activation of CREB [46, 47] and (2) the transactivation of

the β2-AR gene via interaction between hormones and the
nuclear receptor complex and response elements on the β2-
AR promoter region [48]. In particular, the transcription
of the β2-AR gene and the subsequent mRNA expression
via cAMP-mediated CRE activation increased in response to
short-term β2-adrenergic agonist exposure [46, 47]. More-
over, treatment with glucocorticoids or thyroid hormone
transactivates the β2-AR gene both in vitro and in vivo [48–
51].

Our previous reports demonstrate that clenbuterol
administration (1.0 mg·kg−1·day−1) for 10 days to rats
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decreases β2-AR mRNA expression in the fast-twitch EDL
muscle without altering that in the slow-twitch soleus muscle
[7, 8]. Furthermore, the mRNA expression of glucocorti-
coid receptors (GRs) was also decreased with clenbuterol
treatment in the EDL muscle but not in the soleus muscle
[8]. Glucocorticoids and the GR complex activate the
transcription of the β2-AR gene via interaction with glu-
cocorticoid response elements (GREs), consensus cis-acting
DNA sequences (i.e., AGA ACA nnn TGT TCT) on its
promoter regions [48], thus upregulating β2-AR expression
[16, 50, 51]. These findings corroborate our results that
there is a positive correlation between the expression levels
of β2-AR and GR in skeletal muscles. Beitzel et al. [14] also
report that administrating the β-adrenergic agonist, fenot-
erol (1.4 mg·kg−1·day−1, i.p.), for 5 days decreases β2-AR
mRNA expression in the EDL and soleus muscles. Thus,
in contrast to the transactivation of the β2-AR gene and
increase in the mRNA level in response to short-term agonist
exposure, chronic β2-adrenergic stimulation inhibits β2-AR
synthesis in skeletal muscles.

2.4. Posttranscriptional Regulation of β2-AR. In addition
to post-translational and transcriptional regulation, several
groups focus on the posttranscriptional regulation of β2-
AR mRNA. β2-AR mRNA contains an AU-rich element
(ARE) within the 3′-untranslated region (3′-UTR) that can
be recognized by several mRNA-binding proteins, including
Hu antigen R (HuR), AU-rich element binding/degradation
factor1 (AUF1), and heterogeneous nuclear ribonucleopro-
tein A1 (hnRNP A1) [52–55]. These factors play a role in
the regulation of β2-AR mRNA stability [52–55]. Our study
demonstrates that clenbuterol-induced stimulation of β2-
AR decreases the mRNA expressions of these factors in the
EDL but not in the soleus muscle [8], suggesting that the
posttranscriptional process of β2-AR synthesis requires the
stability of its mRNA to be regulated.

3. Exercise Training and β2-AR

Strength-resistance training increases muscle mass [56], fiber
cross-sectional area [57], protein and RNA contents [58],
and the capacity to generate force [59]. In contrast to
strength training, endurance training is characterized by
increased mitochondrial mass [60], increased oxidative
enzymes [61], decreased glycolytic enzymes [62], increased
slow contractile and regulatory proteins [62], and decreased
fast fiber area [63]. These findings suggest that the functional
roles of β2-AR in skeletal muscles differ with the type of
exercise training.

3.1. Strength Exercise Training and β2-AR. Mounier et al.
[64] investigated the changes in the weight of the EDL muscle
induced by clenbuterol administration, strength training,
and a combination of both. They found that the effects of
strength training and clenbuterol on muscle hypertrophy
were not additive in fast-twitch muscles. Their report
also demonstrates that the strength-training-induced en-
hancement of lactate dehydrogenase-specific activity is
completely inhibited by clenbuterol administration, while

the clenbuterol-induced decrease in monocarboxylate trans-
porter1 mRNA expression is completely offset by strength
training [64]. Thus, there are no synergetic effects of a
combination of strength training and β2-AR stimulation
on muscle mass. Furthermore, strength training counteracts
molecular modifications such as glycolytic control induced
by chronic clenbuterol administration in fast-twitch muscles
to some extent. However, our evidence regarding the syn-
ergistic effects of strength training and β2-AR stimulation
is insufficient because the experimental models of strength-
trained animals are not fully established.

3.2. Endurance Exercise Training and β2-AR. In contrast to
strength training, β2-AR stimulation affects endurance-
training-induced modulations such as contractile activity
[65], muscle fiber-type shift [65], metabolic enzyme activity
[66], and insulin resistance [67, 68]. Lynch et al. [65]
demonstrated that low-intensity endurance training prevents
clenbuterol-induced slow-to-fast (type I fiber → type II
fiber) fiber-type transformation in the EDL and soleus mus-
cles, and thereby offsets the clenbuterol-induced decrease in
Ca2+ sensitivity in fast-twitch fibers. These results suggest
that endurance-training-heightened muscle aerobic capacity
is attenuated by β2-AR stimulation-induced muscle fiber-
type transformations. Furthermore, pharmacological β-
AR blockage diminishes the endurance-training-induced
increase in citrate synthase activity in the fast-twitch
plantaris muscle [66]. Moreover, clenbuterol administra-
tion prevents the endurance-training-induced improvement
in insulin-stimulated glucose uptake and attenuates the
increase in citrate synthase activity in the skeletal muscles
of obese Zucker rats [67, 68]. These findings demonstrate
that the endurance-training-induced increase in aerobic
metabolism in skeletal muscles requires moderate but not
excessive stimulation of β2-AR.

Recently, Miura et al. [69] demonstrated that an increase
in peroxisome proliferator-activated receptor-γ coactivator-
1α (PGC-1α) mRNA in response to exercise is mediated
by β2-AR activation. Furthermore, the Ca2+-signaling [70]
and p38 MAPK pathways [71], which is downstream of
β2-AR, are activated in skeletal muscles in response to
exercise, which regulates PGC-1α expression. Since PGC-
1α promotes mitochondrial biogenesis [72], the exercise-
induced activation of β2-AR may in part enhance aerobic
capacity by increasing PGC-1α expression. Thus, β2-AR
stimulation is essential for enhancing the effects of exercise
training on muscle functions such as fiber-type shift as well
as oxidative and anaerobic metabolism.

3.3. Response of β2-AR Expression to Exercise Training. As
mentioned above, the functional roles of β2-AR during
exercise training are physiologically important in skeletal
muscles. Therefore, changes in the expression and sensitivity
of β2-AR should be important for the metabolic, anabolic,
and catabolic adaptations of skeletal muscles during exercise
training. Nevertheless, there is little information on the
response of β2-AR expression to exercise training in skeletal
muscles. However, many studies demonstrate the effects
of exercise training on β2-AR expression in several tissues



6 Journal of Biomedicine and Biotechnology

and cell types such as myocardia [73, 74], adipocytes [75],
and macrophages [76]. Barbier et al. [73] demonstrated
that exercise training induces changes in the distribution
of β1-, β2-, and β3-AR densities in the rat left ventricle. In
adipocytes, the exercise-induced trafficking of β2-AR into the
cell membrane from the cytosol is coupled with adipocytes’
function to increase intracellular cAMP production [75].
Kizaki et al. [76] also found a reduction in the expression of
β2-AR mRNA in macrophages and highlight the significance
of β2-AR in the exercise training-induced improvement of
macrophages’ innate immune function. Thus, changes in β2-
AR expression play a role in physiological adaptations to
exercise training in several tissues.

A few studies also report the effects of exercise training
on β-AR in skeletal muscles [18, 19, 77, 78] (Table 1). Nieto
et al. [18] demonstrate that β-AR density and Gαs content in
the fast-twitch gastrocnemius muscle are significantly lower
in endurance-exercised rats than in controls. They also reveal
that exercise reduces receptor- and nonreceptor-mediated
(i.e., pharmacological stimulation of AC by forskolin) AC
activity in muscles [18]. However, Buckenmeyer et al. [19]
report that endurance training increases β-AR density in
slow-twitch muscles that are primarily recruited during
endurance training, whereas β-AR density is not altered
in fast-twitch muscles. Their report also demonstrates that
receptor-mediated AC activity in slow-twitch muscles is
increased by endurance training, and nonreceptor-mediated
AC activity is increased by training in both fast- and
slow-twitch muscles [19]. In contrast to chronic endurance
training, the effects of acute exercise on β-AR density and AC
activity in each type of muscle were not observed [19]. There-
fore, endurance-exercise-training-induced changes in β2-AR
expression and signaling in slow-twitch muscle contributes
to the adaptation of metabolic and anabolic capacities during
exercise.

4. Muscle Atrophy and β2-AR

4.1. Preventive Roles of β2-AR in Disuse-Induced Muscle
Atrophy. Muscle wasting and weakness are common in phys-
iological and pathological conditions, including aging,
cancer cachexia, sepsis, other forms of catabolic stress,
denervation, disuse (e.g., unloading, inactivity, and micro-
gravity), burns, human immunodeficiency virus-(HIV)-
acquired immunodeficiency syndrome (AIDS), chronic kid-
ney or heart failure, chronic obstructive pulmonary disease
(COPD), and muscular dystrophies. For many of these
conditions, the anabolic properties of β2-adrenergic agonists
provide therapeutic potential for attenuating or reversing
muscle wasting, muscle fiber atrophy, and muscle weakness.
These β2-adrenergic agonists also have important clinical
significance for enhancing muscle repair and restoring
muscle function after muscle atrophy.

In particular, muscle disuse, which is mainly reflected by
increased myofibrillar protein breakdown, causes a progres-
sive decrease in muscle strength associated with a decreased
cross-sectional area of muscle fibers. Therefore, preventing
disuse-induced muscle atrophy is a problem requiring urgent

attention and highlights β2-AR as a target of pharmacological
stimulation. Since 2000, many groups have focused on the
preventive effects of β2-adrenergic agonist on disuse-induced
muscle atrophy [4, 34, 35, 79].

Yimlamai et al. [35] demonstrate that clenbuterol
attenuates the hindlimb unweighting-induced atrophy and
reduces ubiquitin conjugates only in fast-twitch plantaris and
tibialis anterior muscles but not in the slow-twitch soleus
muscle; this suggests that clenbuterol alleviates hindlimb
unweighting-induced atrophy, particularly, in fast-twitch
muscles at least in part through a muscle-specific inhibition
of the ubiquitin-proteasome pathway. However, Stevens et al.
[34] report that clenbuterol treatment accelerates hindlimb
unweighting-induced slow-to-fast (MHCI/β → MHCIIa →
MHCIId/x → MHCIIb) transformation in the soleus mus-
cle. β2-Adrenergic agonist also reverses muscle wasting and
weakness in several conditions such as aging [4], muscular
dystrophy [29], denervation [80], cancer cachexia [28], and
myotoxic injury [81].

4.2. Preventive Roles of β2-AR in Catabolic Hormone-Induced
Muscle Atrophy. Prolonged muscle disuse and/or unload-
ing increases the secretion of glucocorticoids, which pro-
motes the catabolism of muscle proteins via the ubiquitin-
proteasome pathway [82, 83]. Sepsis also elevates plasma glu-
cocorticoids and adrenocorticotropic hormone (ACTH) lev-
els [84]. Therefore, several studies focus on the counteractive
effects of β2-AR stimulation on glucocorticoid-induced mus-
cle atrophy [16, 85]. Huang et al. [16] report that clenbuterol
almost prevents the decrease in the weight of gastrocne-
mius/plantaris muscle bundles induced by dexamethasone,
a synthetic glucocorticoid. Pellegrino et al. [85] demon-
strate that concurrent treatment of clenbuterol with dex-
amethasone minimizes MHC-transformation-induced by
clenbuterol (slow-to-fast) or dexamethasone (fast-to-slow)
alone. Thus, β2-AR stimulation plays an inhibitory role in
muscle atrophy and weakness induced by catabolic diseases,
mechanical unloading, catabolic hormones, and pharmaco-
logical agents.

4.3. Response of β2-AR Expression to Catabolic Hormones.
Although the effectiveness of β2-AR stimulation on muscle
atrophy is well documented, catabolic condition-induced
changes in the expression of β2-AR in skeletal muscles are
not fully understood. Understanding the responses of β2-
AR expression to muscle atrophy is required to establish
treatments for muscle atrophy.

Table 1 shows the catabolic-condition-induced changes
in β2-AR expression in skeletal muscles. Our group inves-
tigated whether catabolic hormones or agents alter β2-AR
expression in skeletal muscles [20, 21]. Dexamethasone
administration (1.0 mg·kg−1·day−1) to rats for 10 days
decreases the expression of β2-AR mRNA in the soleus
muscle without altering that in the EDL muscle, although the
expression of β2-AR protein in the EDL and soleus muscles
is not altered [20, 21]. Dexamethasone also does not alter
β2-AR density in gastrocnemius/plantaris muscle bundles
[16]. These phenomena are specifically observed in skeletal
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muscles; meanwhile, glucocorticoids and the GR complex
activate the transcription of β2-AR gene in the human
hepatoma cell line (HepG2) [48], subsequently leading to the
upregulation of β2-AR levels in DDT1 MF-2 smooth muscle
cells [50] and lung tissue [16, 51]. Furthermore, dexam-
ethasone decreases the expression of GR mRNA in the
soleus muscle [20, 21]. Dexamethasone also decreases and
increases the expression of CREB mRNA, a transcription
factor of the β2-AR gene [46, 47], in the soleus and EDL
muscles, respectively [20]. These findings suggest that the
dexamethasone-induced decrease in the expression of β2-AR
mRNA in the slow-twitch soleus muscle is associated with
transcriptional regulations.

4.4. Response of β2-AR Expression to Muscle Disuse. The
effects of physiological and pathological catabolic-condition-
induced muscle atrophy on β2-AR expression have also
been studied (Table 1) [4, 14, 22]. Our recent investigation
demonstrates that casted immobilization (knee and foot
arthrodesis) for 10 days markedly induced atrophy in the
soleus muscle, whereas it decreased the expression of β2-AR
mRNA [22]. Decreased GR mRNA and protein expression
was also detected in the soleus muscle [22]. These results
suggest that casted immobilization decreases the expression
of β2-AR mRNA in slow-twitch muscles via the downreg-
ulation of GR levels and subsequent glucocorticoid signals.
On the other hand, Ryall et al. [4] demonstrate that aging-
induced muscle wasting is observed in the EDL and soleus
muscles, although there are no age-associated changes in β2-
AR density in these muscles. Furthermore, in the regener-
ation process from muscle injury induced by bupivacaine
injection, β2-AR density and mRNA expression as well as Gαs

content are decreased in the soleus but increased in the EDL
muscle [14]. Thus, the effects of catabolic conditions such as
disuse, aging, and injury on β2-AR expression are different
from and/or dependent on the conditions, especially in fast-
twitch muscles, whereas decreasing tendencies are observed
in slow-twitch muscles.

Both pharmacological and mechanical studies indicate
that the preventive effects of β2-AR stimulation on muscle
atrophy and weakness are limited by decreased β2-AR syn-
thesis and subsequently decreased density. In order to use β2-
adrenergic agonists as a therapeutic agent for muscle wasting,
further studies are necessary to obtain detailed evidence
regarding the responses of β2-AR expression and function to
muscle atrophy.

5. Conclusions

In this paper, we discussed adaptive responses of β2-AR
expression in skeletal muscles to β2-adrenergic agonist treat-
ment, exercise training, muscle disuse, and glucocorticoid
treatment. This paper also outlined the functional roles of
β2-AR in skeletal muscles. Skeletal muscle partly requires
β2-AR activation for hypertrophy, regeneration, and atrophy
prevention; however, its functions and responsiveness must
be adaptively regulated by the receptor itself via downregula-
tion, synthesis, and desensitization. New insight in the form

of scientific evidence is needed to eradicate sports doping and
to identify new therapeutic targets for attenuating muscle
atrophy induced by physiological and pathological condi-
tions.
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Titin exhibits an interaction between its PEVK segment and the actin filament resulting in viscosity, a speed dependent resistive
force, which significantly influences diastolic filling in mice. While diastolic disease is clinically pervasive, humans express a
more compliant titin (N2BA:N2B ratio ∼0.5–1.0) than mice (N2BA:N2B ratio ∼0.2). To examine PEVK-actin based viscosity in
compliant titin-tissues, we used pig cardiac tissue that expresses titin isoforms similar to that in humans. Stretch-hold experiments
were performed at speeds from 0.1 to 10 lengths/s from slack sarcomere lengths (SL) to SL of 2.15 μm. Viscosity was calculated
from the slope of stress-relaxation vs stretch speed. Recombinant PEVK was added to compete off native interactions and this
found to reduce the slope by 35%, suggesting that PEVK-actin interactions are a strong contributor of viscosity. Frequency sweeps
were performed at frequencies of 0.1–400 Hz and recombinant protein reduced viscous moduli by 40% at 2.15 μm and by 50%
at 2.25 μm, suggesting a SL-dependent nature of viscosity that might prevent SL “overshoot” at long diastolic SLs. This study is
the first to show that viscosity is present at physiologic speeds in the pig and supports the physiologic relevance of PEVK-actin
interactions in humans in both health and disease.

1. Introduction

Diastolic (dys)function is of major clinical importance
and is characterized by both elastic [1–4] and viscous
properties [5–7]. The giant elastic protein titin (also known
as connectin [8, 9]) is well known to be related to the
elasticity of cardiac muscle impacting the end diastolic
pressure volume relationship (for current reviews see [10–
12]). These elastic properties arise from the three extensible
segments localized in the I-band of the sarcomere: the
tandem Ig segments, the proline-glutamic acid-lysine-valine
rich PEVK element, and the N2B unique sequence. Viscosity
is a speed-dependent resistive property of all biological
tissues [13]. Viscosity in cardiac tissues impacts diastolic
filling by slowing ventricular pressure relaxation and causing
a delayed relaxation phenotype during early filling [2, 5, 6].

The Ig domains that make up the tandem Ig segments
of titin’s spring region are a possible intrinsic source of
viscosity. Individual Ig domains were originally thought to
unfold during stretch and refold during release causing
a viscosity [14, 15], but single molecule and simulation
studies suggest that the domain unfolding is unlikely to
be a prominent process under physiologic conditions [16–
20]. Interactions between elements of the extensible I-band
of titin and other structures in the sarcomere are another
possible source of viscosity. The interaction between titin
and actin was hypothesized due to evidence of a viscoelastic
interaction in the sarcomere [21], close proximity of the
two filament types, and in vitro evidence of titin binding
to actin [22–25]. Yamasaki et al. first demonstrated by
cosedimentation assays that the PEVK region, but not the
N2B element or Ig domains, interacted with actin [13];
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Kulke et al.’s F-actin cosedimentation assays supported this
finding [26]. Both studies showed that F-actin sliding in
the in vitro motility assays was slowed by the addition of
recombinant PEVK protein to the assay buffer suggestive that
the PEVK adds a viscous force that slows filament sliding.
Mechanically, Yamasaki found a reduction in the stress-
response of rat cardiac myofibers using exogenously added
recombinant PEVK proteins [13]. Kulke utilized gelsolin
extraction of thin filaments to abolish native actin-PEVK
interaction in myofibrils and found that this reduced viscous
stress relaxation [26] (although such extraction potentially
releases near-Z-disk titin that is normally firmly bound to
actin [27]). Both studies confirmed in the fiber/fibril that a
viscous response was due to PEVK-actin interactions. The
development of a PEVK KO mouse model [28] provided
a new tool to study PEVK-actin interactions and its effect
on viscosity. Utilizing skinned cells and fibers from this KO
mouse, a 50% reduction was found in the viscosity in stress-
relaxation and viscous moduli in sinusoidal experiments
using protocols identical to the ones used in this study
[29]. Recently, using a PEVK KO mouse, we quantified the
contribution of PEVK-actin interactions to viscosity in an
ex vivo and in vivo whole heart preparation, and we showed
a key physiologic consequence that PEVK-actin interactions
control 30% of viscosity during early rapid filling [29].

Cardiac muscle of large mammals, including human,
coexpresses both the stiffer N2B isoform and more compliant
N2BA isoform unlike that of small rodents that is dominated
by expression of the N2B cardiac isoform [10, 12]. The
PEVK element of the N2B isoform contains 7 exons with 5
PPAK (proline-rich) motifs that are negatively charged and
involved in actin binding [28, 30]. The PEVK region of the
cardiac N2BA isoform contains all of the elements expressed
in the N2B isoform and additional PEVK exons, including
additional PPAK repeats as well as two PolyE (glutamic acid
rich) motifs [30]. The PolyE motifs appear to have a stronger
binding affinity to actin than the PPAK motifs [31]. Because
of these changes in PEVK expression and the expression of
additional Ig domains in N2BA dominant tissues [12], direct
extrapolations from the findings in small animals to humans
are difficult. Thus, while characterization of the PEVK-actin
interaction shows physiologic relevance in small animals,
actual application in large mammals including humans
remains unclear. To study viscosity in tissues containing a
high N2BA : N2B ratio, we utilized tissues from the pig.
Viscous properties were probed using both stretch hold
and frequency sweep perturbations to quantify viscosity and
we utilized a competition assay with recombinant PEVK
proteins to disrupt the native PEVK-actin interactions.

2. Methods

2.1. Porcine-Skinned Fiber Preparation and Mechanics.
Porcine LV tissue was obtained as previously described [32].
Animal experiments were approved by the University of
Arizona Institutional Animal Care and Use Committee and
followed NIH guidelines for “Using Animals in Intramural
Research.” Briefly, the heart was rapidly obtained from the
pig <5 minutes after sacrifice, washed with a calcium-free

HEPES-buffered solution ([in mM] 10 HEPES; 133.5 NaCl,
5 KCl, 1.2 NaH2PO4; 1.2 MgSO4, 11 glucose, 4 Na-Pyruvate
with 2.5 U/L insulin, pH 7.44), dissected into small strips,
and placed in a skinning solution composed of relaxing solu-
tion ([in mM]: 10 BES, 10 EGTA, 6.56 MgCl2, 5.88 Na-ATP,
1 DTT, 46.35 potassium-propionate, 15 creatine phosphate)
with 1% Triton X-100 (Thermo Scientific, Waltham, Mass)
and a high concentration of protease inhibitors ([in mM]
0.1 E64, 0.4 Leupeptin and 0.5 PMSF) for 24–48 hrs at 4◦C.
After skinning, tissues were washed with Triton-free relaxing
solution with protease inhibitors then infiltrated with a
50% (vol/vol) solution of relaxing solution and glycerol
at 4◦C then stored at −20◦C. Small fibers were dissected,
glued to aluminum clips, and attached at either end to a
force transducer (AE801, SensorOne, Sausalito, Calif) and
length motor (308B, Aurora Scientific, Aurora ON, Canada)
and washed with relaxing solution with inhibitors. Cross-
sectional area (CSA) was measured (0.023 ± 0.002 mm2).
All fibers activated at 2.0 μm sarcomere lengths (SL) using a
pCa 4.0 solution to confirm fiber quality, achieving tensions
of 39.5 ± 2.5 mN/mm2. Length perturbations and force
measurements were performed using a custom LabVIEW
interface (National Instruments, Austin, Tex)

Cardiac muscle fibers were stretched with two length
perturbations to evaluate viscosity [29]. The fibers were
stretched using a stretch-hold-release protocol from their
slack sarcomere length to a SL of 2.15 μm at 3 speeds: 0.1, 1.0,
and 10.0 lengths/s. After stretch, the fibers were held at their
stretched length for 90 seconds, followed by a symmetric
release. A sinusoidal frequency sweep was applied at the end
of hold of the 0.1 length/s stretch with frequencies from 0.1
to 400 Hz at an amplitude of +/−2% of the fiber length.
10 minutes of recovery time in between stretches was used.
In order to probe the dependence on sarcomeric strain,
frequency sweeps were also imparted at a SL of 2.25 μm
(fibers were stretched from slack to a SL of 2.25 μm at
0.1 lengths/sec).

To test the magnitude of PEVK-actin interactions,
recombinant PEVK fragments were expressed in E. coli
and purified as previously described [32]. Briefly, cDNA
fragments were amplified from human cDNA with primer
pairs corresponding to the human cardiac I27-PEVK-I84
fragment with the flanking Ig domains included to enhance
the stability of the protein. Amplified cDNA fragments
were inserted into a pETM11 vector, expressed in E.
coli, and the obtained fragments were sequence verified.
Fragments were purified then dialyzed into PBS ([in mM]
2.7 KCl, 1.5 KH2PO4, 137 NaCl, 8 Na2PO4) and 10% glycerol,
aliquoted, flash frozen, and stored at −80◦C. For use,
proteins were thawed and dialyzed in relaxing solution with
protein inhibitors. PEVK fragments were added to the pig
fibers to a final concentration of 22 μM in relaxing solution
with protease inhibitors, allowed to incubate for >1 hr, and
probed with the mechanical protocol described above.

2.2. Analysis of Skinned Muscle Mechanics. Data was analyzed
offline in a custom LabVIEW VI. Stress was calculated by
dividing measured force by cross-sectional area. For stretch-
hold experiments, stress was measured at the end of the
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stretch to calculate the peak stress and again at the end
of the hold (90 sec after peak) to calculate a steady state
stress. Analysis methodology was adapted from previous
work [33, 34]. The viscous stress is calculated as the peak
minus steady-state stress during the hold. The viscosity was
calculated as the slope between the viscous stress and the
log10 of the stretch speed (in lengths/s).

Frequency sweep data was analyzed to obtain viscous
moduli [35]. The stress was used to first calculate the
complex stiffness as the stress divided by the amplitude of the
imposed length change (normalized to fiber length). Phase
delay was calculated as the phase difference between the stress
and strain signals. The viscous modulus was then calculated
as complex stiffness times the sine of the phase delay [35] (see
inset of Figure 3(a)) at all frequencies.

2.3. Statistics. Data analysis was performed in MS Excel.
Student t-test was used to compare the viscosity (slope and
viscous modulus at a given frequency) between groups. A P
value < 0.05 was considered significant.

3. Results

Using titin protein gels, we first established the titin isoform
expression ratio of porcine cardiac LV tissues and found
that the N2BA : N2B isoform ratio is ∼1.0 (Figures 1(a)
and 1(b)). This expression ratio is much higher than that
of the mouse LV (∼0.2) and is slightly higher than that
of normal human LV and similar to that of human LV
of DCM patients (Figure 1(b)). To quantify viscosity, we
stretched skinned pig LV muscle from their slack SL (∼
1.9 μm) to 2.15 μm and then held length constant for 90
sec to observe stress relaxation, followed by a release back
to the slack length. Figure 1(c) shows two examples of
such stretch-hold-release experiments, one carried out in
relaxing solution (Ctrl) and the other in relaxing solution
to which exogenous PEVK had been added (we confirmed
the purity of the expressed PEVK using gels, see inset of
Figure 1(c)). We measured viscous stress (σv) from the stress
relaxation during the hold phase of the protocol (explained
at top of Figure 2(a)). Viscous stress was measured at three
stretch speeds encompassing subphysiologic (0.1 lengths/s)
to supraphysiologic speeds (10 lengths/s) and the magnitude
of the stress relaxation, defined by the peak minus steady-
state stress (Figure 2(a), inset), was determined at each speed.
Viscosity was quantified as the slope of stress relaxation
versus (log) speed. At SL of 2.15 μm, the viscosity (slope)
was reduced by 35%(P = 0.03) when fibers were incubated
with recombinant PEVK (Figure 2(b)). These results indicate
that PEVK-actin interactions are present and relevant in
tissues expressing high levels of the compliant titin N2BA
isoform.

We also measured the viscous moduli during a sinusoidal
oscillation protocol at frequencies from 0.1 to 400 Hz and
using an amplitude of 2% of the fiber length and repeated the
protocol in the absence and presence of recombinant PEVK.
Frequency analysis provides a robust method to quantify
the viscous response of a tissue at a wide array of speeds

[29, 35]. To quantify the modulus, the ratio of the stress
response and length perturbation was first used to calculate
a complex stiffness and the phase delay between stress and
length is used to calculate the viscous modulus (Figure 3(a)).
The viscous modulus was reduced by 40% by the treatment
with recombinant PEVK at SL of 2.15 μm (Figure 3(b)).
We also performed experiments at a SL of 2.25 μm and
found that the viscous moduli were reduced by 50% at all
frequencies (Figure 3(c)). Importantly, the viscous modulus
maintained a constant reduction at physiologic frequencies
(∼0.5–2 Hz corresponding to the heart rate in the pig) for
both SL ranges. These data indicate that the introduction of
recombinant PEVK does reduce the viscosity of the system
at all frequencies, including frequencies corresponding to
physiologic heart rates, and reveals that it does this in a SL-
dependent manner.

4. Discussion

In resisting the rapid expansion of the left ventricle, viscosity
is an important modulator of diastolic function [2, 5–7].
While previous work has shown a contribution of PEVK-
actin interactions to viscosity both in vitro [13, 26, 36,
37] and in vivo [29], such findings were largely obtained
in small rodents that express titin that is stiffer than in
larger mammals and often at speeds below [13, 36] or
above [26] physiologic rates. Yet the relevance to human
cardiac function and dysfunction is not direct, owing to the
increased expression of the compliant N2BA isoform that
contains additional Ig domains and a longer PEVK domain.
To determine the viscous properties of titin in a large animal
model with a human-like titin isoform expression ratio, we
investigated pig myocardial tissues. Additionally, we utilized
recombinant PEVK proteins to interrupt native PEVK-actin
interactions.

PEVK-actin interactions in the pig were significantly
reduced by competitive binding of recombinant PEVK to the
actin filament. This reduced the viscous response to stretch
by 35% and the viscous moduli by more than 40% at a SL
of 2.15 μm (Figures 2 and 3). At longer sarcomere lengths
(2.25 μm) that are likely to be reached during diastole in
pigs [38], the viscous moduli obtained with the sinusoidal
analysis increased to ∼50%. Thus, PEVK-actin interaction
is a major source of viscosity in large mammals like the
pig. These novel findings are the first to quantify viscosity
across physiologic speeds in tissues expressing high levels of
compliant N2BA isoforms.

Our findings indicate that PEVK-actin interaction is
likely to be physiologically important in humans where
viscosity influences relaxation [2, 5, 6]. The characterization
of delayed relaxation [39] has long been a clinical indicator of
diastolic dysfunction in echocardiography. Recent advances
in modeling further support that the delayed relaxation
phenotype is caused by a viscous force [2]. Recently, we
used transmitral Doppler echocardiography in a KO mouse
deficient in PEVK and found a significant reduction in
viscosity during early rapid filling [29]. The ability to
translate the echocardiographic findings in mice to humans
could not be fully appreciated until the present results on
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Figure 1: Porcine myocardial characteristics. (a) Pig LV tissues electrophoresed on a large pore 1% agarose gel indicate a nearly 1 : 1
N2BA : N2B ratio. (b) N2BA/N2B ratios range from 0.2 in small animals to 1.0 in human dilated cardiomyopathy (DCM). (c) Example
mechanical perturbation of pig tissue from slack SL to 2.15 μm at 10.0 lengths/s in control conditions and incubated with recombinant
PEVK protein to inhibit native PEVK-actin interactions showing reduced stress relaxation (arrows). Inset: SDS-PAGE indicating the high
purity of the recombinant PEVK protein fraction that was used. See text for details.

pig myocardium that showed a clear presence of viscosity in
tissues with a high N2BA : N2B ratio. Our work establishes
that despite the longer PEVK element and distinct sequence
composition of the N2BA PEVK, PEVK-actin interactions
are present in myocardial tissues with human-like titin
isoform expression. Thus, this interaction is conserved across
species, supporting the importance of these interactions to
diastolic function.

The SL-dependence of the viscous modulus (Figure 3)
was unexpected and may indicate that at longer SL where the
PEVK is stretched to a higher degree additional binding site
for actin are available than at short SL or, alternatively, that
the lattice compression that occurs at long SL enhances the
interaction [29]. The increased viscosity at longer SL might
reduce any potential SL “overshoot” during filling [36, 40]
and may allow for more precise end-diastolic SL control.
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Figure 2: Measurement of viscosity from stress relaxation data in pig tissue. (a) Example viscosity data derived from stress relaxation in
a fiber untreated (CTRL, black) and in presence of recombinant PEVK protein (+PEVK, gray). Inset: schematic of explaining how viscous
stress (σv) was determined. (b) Exogenously added PEVK reduces the viscosity (slope) by 35%. See text for details.

The competition assays with recombinant PEVK reduced
viscosity by only 40–50%. This incomplete inhibition is
possibly due to the inability of the added PEVK to com-
pete off all native PEVK-actin interactions. Alternatively,
it indicates that there is an additional source of viscosity,
a possibility that is consistent with results of the PEVK
KO mouse model that also show that in absence of
the PEVK element myocardial tissue continues to display
∼50% of the viscosity found in wildtype myocardium [29].
Stretch-hold and frequency sweep protocols in myofilament
extracted mouse fibers have negligible viscosity suggesting
that the extracellular matrix contributes little to viscosity
of the myocardium [29]. Thus, the non-PEVK source of
viscosity is likely to arise from interactions that involve
the myofilaments. In our studies, in PEVK KO mice, we
evaluated microtubules, a known source of viscosity under
pathological conditions [34, 41, 42]. However, colchicine
treatment produced no effect on viscosity of the intact heart
neither in WT nor in PEVK KO mice [29], suggesting that,
in normal hearts, there is little contribution of microtubules
to viscosity. Thin-thick filament interaction is unlikely
because this predicts that viscosity would be increased
when the myofilament lattice is compressed in PEVK KO
tissue and this is not what we observed in our previous
studies [29]. Possibilities that require future testing are
intermolecular interactions between adjacent titin molecules
and interactions between intermediate filaments and any

of the myofilament types. In summary, although additional
sources of viscosity are likely to exist, the PEVK-actin
interaction is the only well-established molecular source
of viscosity in cardiac tissues and contributes up to half
of the total viscosity of skinned myocardium in relaxing
solution.

It has previously been shown that PEVK-actin inter-
action can be regulated by S100A1, a calcium binding
protein present in cardiac tissues (for recent review see
[43]). S100A1 is a member of the S100 calcium binding
proteins that is preferentially found in cardiac tissues.
S100A1 normally targets to calcium handling proteins (the
sarcoplasmic reticulum, RyR2), but also localizes in the I-
band of the sarcomere [13]. When present in the sarcomere
and activated by the presence of physiological calcium levels,
S100A1 inhibits PEVK-actin interactions [13, 36]. Thus,
PEVK-actin interaction-based viscosity can be turned off
during systole when high calcium levels are present in the
cytosol and turned on again during diastole when calcium
levels fall. A second mechanism shown to influence PEVK-
actin interactions is protein kinase C-alpha (PKCα) phos-
phorylation of titin. PKCα phosphorylation occurs at two
sites in the PEVK element that are conserved across a large
number of mammalian species including the mouse, pig, and
human [32]. In both pig and mouse skinned cardiac fibers
[32, 44], PKCα treatment increased viscosity by 20–30% at
physiologic speeds; the effect was amplified by pretreating
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Figure 3: Measurement of viscous moduli via sinusoidal analysis in pig tissue. (a) The frequency sweep perturbation is imparted after a
90-second hold at SL of 2.15 or 2.25 μm. The viscous modulus is calculated utilizing the magnitude of the stress response, magnitude of the
length perturbation and phase delay (schematic, right). (b) The viscous modulus measured in control tissues at SL of 2.15 μm (CTRL, black)
is reduced in the presence of recombinant PEVK proteins (+PEVK, gray) by 40%. (c) At a SL of 2.25 μm, adding PEVK protein (+PEVK,
gray) reduces the viscous modulus at all frequencies. ∗ indicates P < 0.05 across the frequencies noted by the horizontal bar. See text for
details.

the fibers by protein phosphatase 1 (PP1) to dephosphorylate
titin [32]. These changes in viscosity indicate a potentially
large dynamic range by which viscosity can be modulated.
The understanding of the functional effects of PKCα phos-
phorylation and its regulation may aid in our understanding
of the underlying dysfunction, for example, in heart failure
where PKCα is upregulated [45, 46]. These factors provide
a potential path for clinical management of cardiac diastolic
dysfunction.

5. Conclusion

This study establishes the presence of PEVK-actin inter-
actions in a large mammal, the pig, and is the first to
conclusively determine with physiological stretch protocols
the magnitude of PEVK-actin interactions in hearts with
a human-like titin isoform expression ratio. Competition
assays with exogenous recombinant protein show that the
magnitude of this contribution is up to 50% of the total
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viscosity seen in these tissues. Furthermore, we found that
PEVK-based viscosity is larger at longer SL, a property that
might aid in preventing SL overshoot at the end of filling, and
because of the influence of PEVK-actin interactions on early
rapid filling, modulation of these interactions are of potential
clinical importance.
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Ca2+-dependent modulation via calmodulin, with consensus CaM-binding IQ motif playing a key role, has been documented
for most high-voltage-activated Ca2+ channels. The skeletal muscle Cav1.1 also exhibits Ca2+-/CaM-dependent modulation. Here,
whole-cell Ca2+ current, Ca2+ transient, and maximal, immobilization-resistant charge movement (Qmax) recordings were obtained
from cultured mouse myotubes, to test a role of IQ motif in function of Cav1.1. The effect of introducing mutation (IQ to AA) of IQ
motif into Cav1.1 was examined. In dysgenic myotubes expressing YFP-Cav1.1AA, neither Ca2+ currents nor evoked Ca2+ transients
were detectable. The loss of Ca2+ current and excitation-contraction coupling did not appear to be a consequence of defective
trafficking to the sarcolemma. The Qmax in dysgenic myotubes expressing YFP-Cav1.1AA was similar to that of normal myotubes.
These findings suggest that the IQ motif of the Cav1.1 may be an unrecognized site of structural and functional coupling between
DHPR and RyR.

1. Introduction

Calcium entering the cell through voltage-gated Ca2+ chan-
nels plays an important role in mediating a wide variety of
cellular events and includes feedback processes that regulate
activity of the channel itself. The Ca2+-dependent mod-
ulation of channel activity mediated by the Ca2+-binding
protein calmodulin (CaM) is found in many ion channels
including the Cav1 family [1]. Ca2+-dependent inactivation
(CDI) of Cav1.2 is mediated by CaM, and its structural
determinants have been assigned to the proximal region of
the C-terminus of Cav1.2 [1, 2]. Three domains have been
identified within this region: a Ca2+ binding EF-hand motif,
a CaM-tethering site, and a CaM-binding IQ motif. The EF-
hand motif, located ∼16 residues beyond the end of the last
transmembrane segment (IVS6), is absolutely necessary for
CDI. The CaM-tethering site, which consists of both preIQ3

and IQ motifs, resides 50 amino acids downstream from the
EF-hand motif and binds Ca2+-free CaM (apo-CaM) at rest-
ing [Ca2+]i. The IQ motif resides downstream from the EF-
hand motif and the pre-IQ3 domain, and it binds Ca2+-CaM.
When the interaction of CaM with either of these domains is
compromised, CDI is reduced or eliminated [1, 2].

Recently, it has been demonstrated that the skeletal
muscle L-type Ca2+ channel (Cav1.1) also displays CDI
mediated by CaM and that CaM associates with Cav1.1 in
vivo [3]. The initial 200 amino acids of the C-terminus
of the Cav1.1 are highly conserved and contain the above-
described domains including the IQ motif. CaM binding
to the IQ motif of Cav1.2 channel has been shown to be
necessary for CDI, and the mutation of the isoleucine (I1624)
and glutamine (Q1625) to alanines (AA) in the IQ motif of
Cav1.2 resulted in ablation of CDI and significant reduction
of apoCaM binding to Cav1.2 [1, 2, 4]. Whether the IQ motif
in Cav1.1 plays a similar role remains to be determined.

In the present work, myotubes cultured from normal
and dysgenic (lacking endogenous Cav1.1) mice were used
to investigate the role of the IQ motif in the function of
Cav1.1. The results presented demonstrate that the IQ motif
in the C-terminus of Cav1.1 is critical for function of Cav1.1
as a voltage sensor as well as Ca2+ channel. Furthermore,
the results indicate that the IQ motif may be a previously
unrecognized site of protein-protein interaction between
Cav1.1 and the skeletal muscle ryanodine receptor (RyR1)
and may play a role in skeletal muscle excitation-contraction
(EC) coupling.
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2. Experimental Procedures

2.1. Molecular Biology. The coding sequence of yellow fluo-
rescent protein- (YFP-) tagged Cav1.1 channel (YFP-Cav1.1)
was a gift from Dr. K. Beam and is described in detail
elsewhere [5]. The residues isoleucine (I) and glutamine (Q)
at codons 1529-1530 of rabbit Cav1.1 [6] were substituted
with alanine (A) using the QuikChange II mutagenesis
kit (Stratagene, La Jolla, CA), using the YFP-Cav1.1 as
a template. The construct YFP-Cav1.1AA was verified by
restriction digest analysis and sequencing.

2.2. Cell Cultures. Primary myotubes were cultured from
normal or dysgenic newborn mouse skeletal muscle as
previously described [3]. For confocal microscopy purposes,
primary cultures of myotubes were plated onto 35 mm
culture dishes with integral no. 0 glass coverslip bottoms
(MatTek) instead of Primaria dishes. Approximately one
week after plating, dysgenic myotubes were injected with
expression plasmids (cDNAs) encoding either YFP-Cav1.1 or
YFP-Cav1.1AA at concentrations of 0.2 μg/μL, respectively. In
experiments assessing the effects of CaM on Ca2+ transients,
normal myotubes (∼one week in culture) were injected
with expression plasmids encoding CaMwt or CaM1234 (gift
of Dr. Yue) and green fluorescent protein (pEGFP-C1, BD
Biosciences Clontech, CA) at concentrations of 0.1 and
0.02 μg/μL, respectively. Successfully transfected myotubes
were identified 36–48 hours after injection by their yellow or
green fluorescence under UV illumination.

2.3. Electrophysiology. Patch pipettes were constructed of
borosilicate glass and had resistances of 1.8–2.5 MΩ when
filled with the standard internal solution, which contained
(in mM) 145 Cs-aspartate, 10 Cs2-EGTA, 5 MgCl2, and 10
HEPES (pH 7.4 with CsOH). The external solution con-
tained (in mM) 145 tetraethylammonium chloride (TEA-
Cl), 10 CaCl2, 0.003 tetrodotoxin, and 10 HEPES (pH 7.4
with TEA-OH). The holding potential was –80 mV, and
test pulses were preceded by a 1-s prepulse to –30 mV
to inactivate endogenous T-type Ca2+ currents. Recorded
membrane currents were corrected off line for linear com-
ponents of leakage and capacitance by digitally scaling and
subtracting the average of 10 preceding control currents,
elicited by hyperpolarizing voltage steps (30 mV amplitude)
from –50 mV. Ca2+ currents were normalized by linear
cell capacitance (expressed in pA/pF). Values for Gmax, the
maximal Ca2+ conductance, were obtained by fitting the
measured currents according to the following equation:

Ipeak = Gmax (V − VR)
{

1 + exp [−(V −V1/2)/k]
} , (1)

where Ipeak is the peak current activated at the test potential
V , VR is the extrapolated reversal potential, V1/2 is the poten-
tial for half-maximal activation of the Ca2+ conductance, and
k is a slope factor.

The fraction of current remaining at the end of an 800 ms
test pulse (r800) was determined by dividing the current

remaining at the end of test pulse by the peak current, and
this ratio was used to quantify the level of inactivation

r800 = Iend

Ipeak
. (2)

For measurements of charge movement, 0.5 mM Cd2+

and 0.1 mM La3+ were added to the external solution to
block Ca2+ currents. Charge movements were elicited in
response to a prepulse protocol that consisted of a 1-s
prepulse to −30 mV and a subsequent 40 ms repolarization
to a pedestal potential (−50 mV), followed by a 25 ms
depolarization to +40 mV. The maximum amount of charge
that can be moved (Qmax) was obtained by integrating the
charge movement current at test potential of +40 mV. Linear
leak and capacity currents were subtracted on line using
−P/4 delivered from the holding potential (−80 mV) before
each pulse. Charge movements were normalized to total cell
capacitance (nC/μF).

To measure relative changes in voltage-gated Ca2+ release
from the SR, the Ca2+ indicator K5-Fluo-3 (0.5 mM) (Molec-
ular Probes) was included in the pipette solution. After
rupture of the cell membrane and entry into the whole
cell configuration, cells were allowed to dialyze for about
5 min before recording in order to achieve adequate loading
with indicator dye. Fluorescent emission was measured
by a photomultiplier system (Biomedical Instrumentation
Group, University of Pennsylvania). The set of filters used
to record the fluorescent signal from Fluo-3 was as follows:
excitation band-pass filter of 470/20 nm; dichroic long-pass
mirror (510 nm); emission long-pass filter of 520 nm. After
rupture and dye loading into the cell, the baseline fluo-
rescence (Fbase) was monitored. The increase in fluorescent
signal during depolarization was expressed as ΔF/F, where
ΔF represents the increase in fluorescence above baseline
fluorescence (ΔF = Ftransient − Fbase), and F is Fbase. Peak
fluorescence during each test pulse was plotted as a function
of test potential V and fitted according to the following
equation:

ΔF

F
= (ΔF/F)max{

1 + exp[(VF1/2 − V)/kF]
} , (3)

where (ΔF/F)max is the maximal fluorescent change, VF1/2

is the potential for half-maximal activation of the Ca2+

transient, and kF is a slope factor.
All recordings were performed at room temperature

(∼20◦C), and data are reported as mean ± SEM; n indicates
the number of myotubes tested. Data sets were statistically
compared by an unpaired, two-sample Student’s t-test, with
a confidence interval of at least 95%.

2.4. Confocal Microscopy. Cells were bathed in rodent ringer
(in mM: 146 NaCl, 5 KCl, 2 CaCl2, 1 MgCl2, 11 glucose,
10 HEPES; pH 7.4 adjusted with NaOH) and examined
with an LSM 510 META laser scanning microscope (Zeiss,
Thornwood, New York) with 40X oil immersion objective.
The laser line (514 nm) of the argon laser (30 mW maximum
output, operated at 50% or 6.3 A) was used to excite YFP
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Figure 1: Ca2+-binding ability of CaM does not affect skeletal muscle EC coupling. (a) The average peak current density (Ipeak) is plotted
as a function of membrane potential (Vtest). Data were obtained from the indicated number of myotubes for each group. The smooth lines
through the data were generated by using equation (1) (see Methods) and the average values. (b) The average peak fluorescence (ΔF/F) is
plotted as a function of membrane potential (Vtest). Data were obtained from the indicated number of myotubes for each group. The smooth
lines through data represent Boltzmann fits to the average data using equation (3) (see Methods).

fluorophore. Emissions of YFP were recorded in single-track
configuration with a long-pass filter of 530 nm (Chroma,
Rockingham, Vermont). Fluorescence signals were analyzed
by the 510 LSM Image Examiner software (Zeiss, Thorn-
wood, New York).

2.5. Immunocytochemistry. Primary cell cultures were plated
onto 35 mm culture dishes with integral no. 0 glass coverslip
bottoms (MatTek). Myotubes expressing constructs of Cav1.1
were identified by fluorescence. The cultures will be fixed
with 100% methanol at −20◦C for a minimum of 20 min.
Cells were then incubated for 1 hour in PBS (phosphate-
buffered saline) containing 1% BSA (bovine serum albumin)
and 10% goat serum to block unspecific labeling. After 3
washes with PBS/BSA (.2%), cell cultures were incubated
with specific primary antibody against the RyR1 (34C, Devel-
opmental Studies Hybridoma Bank (DSHB), UI) (dilution
1 : 4000) overnight at 4◦C. Cells were washed out 3 times
with PBS/BSA (.2%), followed by 1 hour of incubation
with secondary antibody conjugated with Alexa 568 (at final
dilution 1 : 5,000, goat anti-rabbit IgG, Invitrogen). Cells
were then washed 3 times with PBS/BSA (.2%) to remove
unbind secondary antibody and assessed with a confocal
microscope.

3. Results

Ca2+-binding ability of CaM does not affect skeletal muscle EC
coupling. First, I addressed the question whether the Ca2+-
binding ability of CaM plays any role in skeletal muscle

EC coupling. Overexpressed mutant CaM which does not
bind Ca2+ (CaM1234) can displace approximately 70% of
endogenous CaM, as reflected by abolishment of CDI of
Cav1.1 [3]. However, overexpression of either CaMwt or
CaM1234 in normal myotubes did not significantly affect
either current-voltage (I/V) relationship (Figure 1(a)) or
voltage-gated Ca2+ release from SR as indicated by similar
peak fluorescence-voltage relationship (ΔF/F-V) in compar-
ison with uninjected normal myotubes (Figure 1(b)). This
result suggests that either the Ca2+-binding ability of CaM
or CaM itself does not play a role in skeletal muscle EC
coupling. However, CaM associates with Cav1.1 in vivo [3]
and that indicates the possibility that CaM may still serve as a
structural subunit of Cav1.1, that is, that interaction between
CaM and Cav1.1 can stabilize the DHPR complex. By doing
so, it may also ensure proper structural and functional
coupling between DHPR and RyR1.

Therefore, I examined whether CaM association with
Cav1.1 is necessary for its function as a voltage sensor for
EC coupling. The IQ motif of Cav1.1 has been shown to
bind CaM similar to IQ motifs of Cav1.3 and Cav2 channels
[7]. Introduction of the mutation IQ/AA in the IQ motif
of the cardiac L-type Ca2+ channel (Cav1.2) resulted in
abolishment of CDI and significant reduction of apoCaM
binding to Cav1.2 [2, 4]. Thus, corresponding IQ motif
mutation in the C-terminus of Cav1.1 was obvious place to
start.

The mutation (IQ/AA) in the CaM-binding site of Cav1.1
disables function of Cav1.1 as a Ca2+ channel and voltage
sensor for EC coupling. I introduced the IQ/AA mutation
in the C-terminus of Cav1.1 and investigated how this



4 Journal of Biomedicine and Biotechnology

+40 mV

+20 mV

20
00

pA

YFP-Cav1.1

200 ms

(a)

YFP-Cav 1.1AA

+20 mV

50
0

pA

200 ms

(b)

Uninjected mdg (n = 6)
YFP-Cav 1.1AA in mdg (n = 14)
YFP-Cav 1.1 in mdg (n = 7)

Vtest (mV)

I p
ea

k
(p

A
/p

F)

−40 0 40 80

−8

−4

0

4

(c)

0

0.4

0.8

1.2

1.6

Uninjected normals (n = 9)
YFP-Cav 1.1AA in mdg (n = 5)

Δ
F
/F

(a
.u

.)

Vtest (mV)

0 40 80

(d)

Figure 2: The IQ/AA mutation disables function of Cav1.1 as a Ca2+ channel and voltage sensor for EC coupling. Representative whole-cell
L-type Ca2+ currents recorded from dysgenic myotubes expressing either (a) YFP-Cav1.1 (cell 1 (05-10-02); linear capacitance C = 587 pF)
or (b) YFP-Cav1.1AA (cell 1 (01-13-03); linear capacitance C = 201 pF). Note that the current scales are different in (a) and (b). (c) The
average peak current density (Ipeak) is plotted as a function of membrane potential (Vtest). Data were obtained from the indicated number of
myotubes for each group. The smooth lines through the data were generated by using equation (1) (see Methods) and the average values. (d)
The average peak fluorescence (ΔF/F) is plotted as a function of membrane potential (Vtest). Data were obtained from the indicated number
of myotubes for each group. The smooth lines through data represent Boltzmann fits to the average data using equation (3) (see Methods).

mutation will alter Cav1.1 function as Ca2+ channel and
voltage sensor for EC coupling. Introduction of the mutation
IQ/AA in the IQ motif of Cav1.2 resulted in abolishment
of CDI and significant reduction of apoCaM binding to
Cav1.2 [2, 4]. Whether IQ motif in the Cav1.1 plays a similar
role is unknown. Dysgenic myotubes expressing either YFP-
Cav1.1 or YFP-Cav1.1AA were used to examine the role of
IQ motif in Ca2+-dependent inactivation (CDI) of Cav1.1.
Injections of plasmids encoding various constructs of Cav1.1
into dysgenic myotubes at concentrations of 0.2–0.5 μg/μL
have been previously demonstrated to produce a similar
extent of maximal, immobilization-resistant charge move-
ment and similar Ca2+ current densities as normal myotubes,
which corresponds to similar protein expression levels
[3, 6, 8–10].

Figure 2(a) shows Ca2+ currents mediated by YFP-Cav1.1
expressed in dysgenic myotube. The fraction of current
remaining at the end of the pulse (r800) displayed a U-
shaped voltage dependence (data not shown), consistent
with a current-dependent inactivation process. In such a
process, the extent of inactivation varies in proportion with
the amplitude of the inward calcium current, which in
turn depends on the number of conducting channels and
the electrochemical driving force on calcium. Inactivation
was minimal at a test potential of +10 mV, as reflected
by an r800 value of 0.9 ± 0.08 (n = 7), and maximal
at a test potential of +40 mV, as reflected by a minimum
r800 value of 0.74 ± 0.03 (n = 7). Correspondingly, the
Ca2+ current attained its maximum conductance at +40 mV
(Figure 1(c)). Thus, Ca2+ currents mediated by YFP-Cav1.1
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YEP-Cav 1.1

(a)

YEP-Cav 1.1AA

(b)

Figure 3: YFP-Cav1.1AA displays similar expression pattern as YFP-Cav1.1 in dysgenic myotubes. Confocal images of either YFP-Cav1.1 (a)
or YFP-Cav1.1AA (b) yellow fluorescence in dysgenic myotubes. Bar 50 μm.

displayed a current-dependent inactivation process, current-
voltage (I-V) relationship (Figure 2(c)), and maximal Ca2+

ion conductance (Gmax = 166 ± 18 nS/nF; n = 7) similar
to the endogenous Cav1.1 of normal myotubes [3]. These
results suggest that YFP fused to the N-terminus of Cav1.1
does not interfere with channel function.

In contrast, dysgenic myotubes expressing YFP-Cav1.1AA

(Figures 2(b) and 2(c)) displayed either very small (<1pA/
pF) or no measurable Ca2+ currents. This is a very dramatic
and surprising result considering that the corresponding
mutation (IQ/AA) in the IQ motif of Cav1.2 resulted only
in ablation of CDI but did not affect the I-V relationship
of Ca2+ currents mediated by Cav1.2 [2]. Further voltage-
gated Ca2+ currents and SR Ca2+ release were measured
simultaneously from dysgenic myotubes expressing YFP-
Cav1.1AA and compared with recordings from uninjected
normal myotubes and normal myotubes overexpressing
CaMwt or CaM1234. The voltage-gated Ca2+ release from SR
was completely abolished in dysgenic myotubes expressing
YFP-Cav1.1AA (Figure 2(d)).

The loss of Cav1.1AA function could be a result of
several scenarios such as that mutation caused misfolding
of protein and insufficient membrane targeting or that
protein-protein interaction between RyR1 and Cav1.1 was
significantly disturbed. If the latter possibility is the case, this
result suggests that either the IQ motif itself or association
of CaM with Cav1.1 is necessary for orthograde signaling
from Cav1.1 to RyR1, which underlies skeletal muscle EC
coupling.

The IQ/AA mutation does not prevent proper targeting of
Cav1.1 into sarcolemma. The severe loss of function, abol-
ished Ca2+ current and orthograde signaling mediated by the
Cav1.1AA, could be explained by compromised targeting of
Cav1.1 to the T-SR junction as a result of incomplete protein
folding.

Figure 3 shows confocal images of yellow fluorescence
from a dysgenic myotube expressing either YFP-Cav1.1
or YFP-Cav1.1AA. Expression of YFP-Cav1.1 (a) or YFP-
Cav1.1AA (b) resulted in the appearance of small yellow
fluorescence puncta located near the cell surface. The small

puncta correspond to groups of Cav1.1 localized to T-SR
junctions; these puncta are similar in size and distribution to
those of Cav1.1 foci revealed by immunohistochemistry [11].
There is a similar staining of the membrane and distribution
of puncta in both myotubes, suggesting that both constructs
are likely targeted to T-SR junctions.

To confirm targeting of YFP-Cav1.1AA to the sarcolemma,
the Qmax was measured at +40 mV (Figure 4). The Qmax in
dysgenic myotubes expressing Cav1.1AA (5.9±0.5 nC/μF; n =
27) was similar to that of normal myotubes (5.5± 0.4 nC/μF;
n = 16), but significantly larger (P < 0.001) than in dysgenic
myotubes alone (2.5 ± 0.2 nC/μF; n = 18). This finding
suggests that IQ/AA mutation in Cav1.1 did not prevent the
protein from being properly targeted or undergoing voltage-
dependent conformational changes, which strongly suggest
proper folding as intramembrane segment S4 of Cav1.1 is
responsible for voltage-dependent movement.

To further confirm Cav1.1AA proper targeting into T-SR
junctions and site of EC coupling, I investigated colocal-
ization of Cav1.1 and RyR1. Dysgenic myotubes expressing
either YFP-Cav1.1 or YFP-Cav1.1AA (yellow fluorescence:
YFP was artificially assigned as green) were incubated with
specific primary antibody against the RyR1 followed by
incubation with secondary antibody conjugated with Alexa
568 (red fluorescence). Colocalization of green and red
fluorescence results in yellow pattern suggests colocalization
of YFP-Cav1.1 and RyR1 in T-SR junctions in vivo (see
Figures 5(g) and 5(h)). Colocalization patterns of YFP-
Cav1.1AA with RyR1 were compared to YFP-Cav1.1 and RyR1
patterns in 5 different experiments. Colocalization patterns
of either YFP-Cav1.1 or YFP-Cav1.1AA with RyR1 were
similar and have been analyzed by MetaMorph 7 software
(Molecular Devices). Colocalization in near surface slices of
z-stacks of YFP-Cav1.1 and RyR1 was 83 ± 4% (n = 7),
and colocalization of YFP-Cav1.1AA and RyR1 was 85 ± 2%
(n = 7). These results strongly suggest that YFP-Cav1.1AA is
targeted into T-SR junctions.

Together these results suggest that the IQ/AA mutation
is not likely to affect protein folding within membrane.
Furthermore, much more drastic alternation or deletions
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Figure 4: Cav1.1AA generates normal densities of intramembrane
charge movement. The average maximal, immobilization-resistant
charge movement at +40 mV (Qmax) obtained from the indicated
number of myotubes for each group. The charge movements
were elicited by 25 ms depolarizations from a pedestal potential
(−50 mV) to +40 mV. Symbols and error bars represent mean ±
SEM.

in Cav1.1 sequence did not have such dramatic effects [12,
13].

Taking altogether, the loss of both ionic Ca2+ current and
skeletal muscle EC coupling in Cav1.1AA along with charge
movement similar to normal myotubes suggests that the IQ
motif of the Cav1.1 may be unrecognized site of protein-
protein interaction between Cav1.1 and RyR1 and play a role
in both orthograde and retrograde signaling.

4. Discussion

The present study provides new information about the
skeletal muscle L-type Ca2+ channel (Cav1.1). Specifically,
the data demonstrate in vivo that the IQ motif in the C-
terminus of Cav1.1 is critical for function of Cav1.1 as a
voltage sensor as well as a Ca2+ channel. Furthermore, the
results indicate that the IQ motif, in addition to II-III loop,
may be a previously unrecognized site of protein-protein
interaction between Cav1.1 and RyR1 and, thus, may play a
role in skeletal muscle EC coupling.

Cav1.1 is localized in regions of the T-tubular membrane
that are closely apposed to the sarcoplasmic reticulum (i.e.,
the T-SR junction), and the primary role of Cav1.1 is to serve
as the voltage sensor for skeletal muscle EC coupling. The
second protein that plays a major role in this process is the
skeletal muscle ryanodine receptor (RyR1). RyR1 is localized
in junctional SR membrane and functions as calcium release
channel. The mechanism of signal transmission between

Cav1.1 and RyR1 is still incompletely understood, but the
most accepted view is that they are mechanically coupled and
interact with each other through protein-protein interaction
(orthograde and retrograde signaling). Orthograde signaling
is the signal from Cav1.1 to RyR1, in which movement
of the voltage sensors in Cav1.1 trigger opening of RyR1
and release of Ca2+ from the SR (EC coupling). Retrograde
signaling is communication from RyR1 to Cav1.1, in which
RyR1 somehow increases the amount of L-type Ca2+ current
mediated by Cav1.1 [8, 9].

The Ca2+ conductance of Cav1.1 channel is not necessary
for functional excitation-contraction coupling between RyR1
and Cav1.1; however, a direct protein-protein interaction
between these two proteins in multiple sites is. It has been
shown that cytoplasmic loops of Cav1.1 and several regions
of RyR1 play important role for normal physiological EC
coupling in skeletal muscle [10, 14–17]. It has been also
shown that protein-protein interaction between RyR1 and
Cav1.1 is necessary for Cav1.1 display of Ca2+ conductance
(retrograde signaling) [8]. It is clear that there are multiple
contact sites between RyR1 and Cav1.1 and not all of them
are recognized and understood, yet. The most investigated
region of contact between RyR1 and Cav1.1 in Cav1.1 is
II-III cytoplasmic loop, but other regions play a role [14,
15].

In the present experiments, normal myotubes and
dysgenic myotubes expressing either YFP-Cav1.1 or YFP-
Cav1.1AA were used to examine the role of the IQ motif in
both functions of Cav1.1, as a voltage sensor in EC coupling
and Ca2+ channel. The primary cultures of skeletal muscle
myotubes provide a natural cellular environment for Cav1.1.
First, I examined whether a fusion of YFP to Cav1.1 would
interfere with its function. The Ca2+ currents mediated by
YFP-Cav1.1 displayed an I-V relationship similar to the
endogenous Cav1.1 [3], suggesting that YFP fused on the N-
terminus of Cav1.1 does not interfere with its channel func-
tion, as was also shown by others [5]. Endogenous Cav1.1
also exhibits CaM-mediated Ca2+-dependent inactivation
(CDI) [3]. The Ca2+ currents mediated by YFP-Cav1.1 also
displayed current-dependent inactivation similar to the CDI
of endogenous Cav1.1, further supporting observation that
fusion of YFP with Cav1.1 does not interfere with channel
function.

Second, I examined how IQ/AA mutation in Cav1.1 will
affect its function. Surprisingly, the intriguing finding of
the present study was that dysgenic myotubes expressing
YFP-Cav1.1AA displayed either very small or no measurable
Ca2+ currents. Significant decrease or abolishment of Ca2+

current through Cav1.1 could have resulted from improper
targeting or folding of the protein. If Cav1.1AA was retained
inside of myotubes due to incorrect folding and targeting,
neither Ca2+ currents nor Qmax would be obtained. The
absence of Ca2+ currents in some of the dysgenic myotubes
expressing YFP-Cav1.1AA would suggest both. However,
even though the Ca2+ current was absent, Qmax comparable
with normal myotubes was observed. The Qmax measured
in dysgenic myotubes expressing Cav1.1AA was significantly
larger (P < 0.001) than in dysgenic myotubes alone, but
similar to that of normal myotubes measured here and
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(a) (b) (c)

(d) (e) (f)

(g) (h)

Figure 5: Cav1.1AA is targeted to T-SR junctions. Confocal images of colocalization of either YFP-Cav1.1 (a) or YFP-Cav1.1<?erm?>AA<?erm?>

(b) green fluorescence and immunolabeled RyR1 ((d) and (e)) red fluorescence in dysgenic myotubes. (g) and (h) represent overlay of (a)
and (d), and (b) and (e), respectively. The control dysgenic myotube (no Cav1.1) immunolabeled without (c) and with (f) primary Ab(34C).
Bar, 20 μm.

to the Qmax measured in dysgenic myotubes expressing
various constructs of wt Cav1.1 at the similar experimental
conditions elsewhere [6, 7].

The amount of Qmax in dysgenic myotubes expressing
YFP-Cav1.1AA suggests that IQ/AA mutation in Cav1.1 did
not prevent the protein from being properly targeted and
that protein can undergo voltage-dependent conformational
changes. The size of small measurable Ca2+ currents mea-
sured in some (6 out of 14) of the dysgenic myotubes

expressing Cav1.1AA (<1pA/pF) was similar to L-type Ca2+

currents measured in dyspedic (lacking a functional gene of
RyR1) myotubes [7], suggesting a loss of retrograde signaling
from RyR1. Endogenous Cav1.1 channels are present in
sarcolemma of the dyspedic myotubes in similar density as
in normal myotubes, as was demonstrated by comparable
Qmax (dyspedic: 4.0 ± 1.4 nC/μF; normal: 6.4± 2.8 nC/μF)
[7]. Thus, the amount of Qmax measured in dysgenic
myotubes expressing Cav1.1AA (5.9 ± 0.5 nC/μF) is in
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good agreement with the previously published values, and
indicates that the IQ/AA mutation may have also disrupted
retrograde signaling between Cav1.1 and RyR1. The similar
expression patterns and comparable colocalization of YFP-
Cav1.1 and YFP-Cav1.1AA with RyR1 in dysgenic myotubes
obtained by confocal microscopy and immunocytochemistry
further support the argument that YFP-Cav1.1AA seems to
be folded and targeted properly to the T-SR junctions. In
addition, much more drastic alternation or deletions in
Cav1.1 sequence did not have such dramatic effects [12, 13].

Third, the IQ/AA mutation in C-terminus of Cav1.1 had
a dramatic effect on its function as a voltage sensor for EC
coupling. Even though amount ofQmax in dysgenic myotubes
expressing YFP-Cav1.1AA is sufficient to support EC coupling
(see above), the voltage-gated Ca2+ release from SR was
completely abolished in these cells. This finding suggests that
either tethering of CaM to Cav1.1 as a structural subunit
or the IQ motif itself is necessary for orthograde signaling
between Cav1.1 and RyR1 (EC coupling). Overexpression
of CaMwt and CaM1234 in normal myotubes did not sig-
nificantly affect the peak fluorescence-voltage relationship
(ΔF/F-V) in comparison with uninjected normal myotubes,
suggesting that the Ca2+-binding ability of CaM does not
play a role in skeletal muscle EC coupling in single twitch
contractions.

For the first time, the present study shows that the IQ
motif plays a role in both orthograde (skeletal muscle EC
coupling) and retrograde (Ca2+ current) signaling between
Cav1.1 and RyR1 in vivo. Several regions of RyR1 were shown
to participate in protein-protein interactions between Cav1.1
and RyR1. However, until recently only the II-III loop of the
Cav1.1 has been thought to be necessary to convey orthograde
and retrograde signaling between Cav1.1 and RyR1. The
present findings suggest that the C-terminus in addition
to the II-III loop participates in and is necessary for the
correct transmission of signals between Cav1.1 and RyR1.
These results support previously published in vivo findings
that in addition to the II-III loop of Cav1.1 additional
intracellular loops of Cav1.1 are necessary to restore the full
extent of orthograde and retrograde signaling between Cav1.1
and RyR1 [15]. The present findings also support in vitro
results from pull-down assays, where it was demonstrated
that CaM-binding region of RyR1 (3614–3543) interacts
with the proximal C-terminus of Cav1.1 (1393–1527) in the
absence of CaM [18, 19]. It was also shown that CaM binding
to the RyR1 is not essential for skeletal EC coupling [20].
This would indicate together with binding studies [18] that
CaM association to either Cav1.1 or RyR1 is not crucial for
skeletal muscle EC coupling, but CaM-binding domains of
both Cav1.1 and RyR1 are. For example, it has been shown
that CaM-binding region of RyR1 binds to IQ peptide of
Cav1.2 and in pull-down assay binds to Cav1.1 [18]. It still
remains to be determined whether CaM itself needs to be
tethered to Cav1.1 to ensure signaling and more experiments
are in progress.

In conclusion, the results from confocal microscopy,
immunocytochemistry, charge movement, and Ca2+ tran-
sients obtained from dysgenic myotubes expressing YFP-
Cav1.1AA indicate that the IQ motif in the C-terminus of

Cav1.1 plays a crucial role in both orthograde (EC coupling)
and retrograde (Ca2+ current) signaling between Cav1.1 and
RyR1.
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In simulations of chemical systems, the main task is to find an exact or approximate solution of the chemical master equation (CME)
that satisfies certain constraints with respect to computation time and accuracy. While Brownian motion simulations of single
molecules are often too time consuming to represent the mesoscopic level, the classical Gillespie algorithm is a stochastically exact
algorithm that provides satisfying results in the representation of calcium microdomains. Gillespie’s algorithm can be approximated
via the tau-leap method and the chemical Langevin equation (CLE). Both methods lead to a substantial acceleration in computation
time and a relatively small decrease in accuracy. Elimination of the noise terms leads to the classical, deterministic reaction rate
equations (RRE). For complex multiscale systems, hybrid simulations are increasingly proposed to combine the advantages of
stochastic and deterministic algorithms. An often used exemplary cell type in this context are striated muscle cells (e.g., cardiac
and skeletal muscle cells). The properties of these cells are well described and they express many common calcium-dependent
signaling pathways. The purpose of the present paper is to provide an overview of the aforementioned simulation approaches and
their mutual relationships in the spectrum ranging from stochastic to deterministic algorithms.

1. Introduction

Ca2+ is a vital second messenger in many cell types. The
ubiquitous appearance as well as its often crucial role in
functional important signaling pathways are the reasons for
the great scientific interest in Ca2+ dynamics. Oscillations
in the typically low-intracellular Ca2+ concentration carry
information which is processed (filtered) via signal cascades
(e.g., calmodulin-dependent pathways) to induce a variety
of cellular responses on different spatiotemporal scales (e.g.,
muscle contraction [1], fertilization [2], and regulation of
gene expression [3]).

Oscillations are induced by sequences of random calcium
“puffs” or “sparks”, that are highly localized Ca2+ release
events from intracellular Ca2+ stores (sarcoplasmic and
endoplasmatic reticulum) [4]. However, the link between the
dynamics of individual molecules involved in microdomain
Ca2+ dynamics (e.g., Ca2+ channels) and the resulting cellular
responses are not completely understood yet. This is where
computational simulation algorithms come into play. The
great number of biological functions as well as the simple

structure of Ca2+ ions are the reason for its well-described
chemical and physical properties. Those circumstances make
the in silico examination of Ca2+ dynamics very promising.
Microdomains controlled by Ca2+ channels play an impor-
tant role in the context of Ca2+ oscillations and waves [5].
For an accurate model of these domains, we have to consider
stochastic processes at the mesoscopic level. Many regulatory
and signaling processes are only inadequately described by
deterministic simulation approaches [6].

An often used exemplary cell type in this context is given
by striated muscle cells (e.g., cardiac and skeletal muscle
cells) where a large amount of electrophysiological, biochem-
ical, and ultrastructural data exists. Furthermore, these cells
express many of the ubiquitous calcium-dependent signaling
pathways which make it easy to transfer the methods and
results to other cell types.

2. Background

Every chemical system is defined by a set of properties. First
of all, there are N chemical species, S = {S1, . . . , SN}, in
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the system volume Ω. The state vector x(t) = (x1(t), . . . ,
xN (t)) denotes the number of molecules xk(t), k = 1, . . . ,N
of each species Sk at time t in Ω. Events define transitions
between different system states, where an event is any
biophysical process which is characterized by a rate constant.
It is possible to derive an event propensity aj by its stochastic
rate constant cj and the stoichiometric coefficients of the
underlying process. A chemical system contains M events
R = {R1, . . . ,RM} which are represented through a state
change vector v j = (dj,1, . . . ,dj,N ), j = 1, . . . ,M, where com-
ponent dj,i denotes the change in the number of molecules
Si due to the event Rj . Even more complex processes, which
do not affect x(t), but other system properties, can easily
be considered, for instance, voltage-gated ion channels have
been introduced into stochastic simulation algorithms. To
introduce the continuously varying membrane potential
regulating the channel, its effect on the subunit transition
rates was modeled as a time-varying stochastic event rate
[10]. In the following, we exemplify the calculation of some
relevant event propensities.

2.1. Reaction Events. aj(x, t) = cjhj(x, t), where hj(x, t)
denotes the number of possible molecular combinations
available for reaction Rj at time t.

For first- and second-order reactions, the stochastic rate
constants cj are calculated from the macroscopic reaction
rate constants kj as cj = kj for monomolecular reactions
and as cj = kj/Ω for bimolecular reactions given the system
volume Ω.

2.2. Diffusion Events. ak(x, t) = ckxk(t), where xk(t) denotes
the number of molecules of the diffusing species k at time t.

ck = Dk/A, where Dk denotes the specific diffusion
coefficient and A the diffusion area.

2.3. Channel Gating. Channel gating, that is, subunit transi-
tions, are naturally described by a discrete stochastic process.
Their biological properties force us to differentiate between
ligand-gated and voltage-gated ion channels.

The interaction of ligands and channel subunits can be
modeled as ordinary reaction events. Keeping track of the
subunit states and depending on the gating scheme, we can
decide whether the channel is in an open state or not.

The introduction of voltage-gated ion channels is more
complex and requires a characteristic function, representing
the membrane potential. The transition rates between the
open/close states of the channels are based on the actual
function value.

2.4. Channel Conductance. Ion permeation through a chan-
nel protein is modeled by translating the electrical conduc-
tance to a rate constant which can then be transformed into
a permeation probability.

cj = Ich/(e · zion), where e is the elementary charge and
zion is the charge of the permeating ion. Ich denotes the mean
current of the channel in C/s.

All further considerations assume a well-stirred chem-
ical system, and the velocities and positions of individual
molecules in Ω are ignored. This assumption is based on

the fact that nonreactive molecular collisions that lead to a
mixing of the system are far more likely than the occurrence
of reactive events. This leads to uniformly randomized
positions and thermally randomized velocities throughout
the system volume (Maxwell-Boltzmann distribution) [7].

All simulation strategies can finally be derived from the
chemical master equation (CME). The CME is a differential
(or difference) equation that describes the time evolution
of the probability density P(x, t) that is the multivariate
distribution of the state vector x(t). Using the notation
introduced above, the CME reads

∂tP(x, t) =
M∑

j=1

[
aj

(
x − v j , t

)
P
(

x − v j , t
)
− aj(x, t)P(x, t)

]
.

(1)

In words, (1) states that the change in P(x, t) is calculated
as the net probability flow conveyed by the flows from state
x− v j to x (via event Rj) and the reverse flows out of state x.

3. The Gillespie Algorithm

While the simulation of the Brownian motion of all
individual molecules would provide an accurate model of
Ca2+ dynamics, the computational effort is very high to
examine signaling pathways on an adequate spatiotemporal
scale. Increasing system volume and increasing numbers of
molecules lead to extreme increases in computation time.
Gillespie’s algorithm is an alternative to accurately simulate
small system volumes under the assumption of a well stirred
system. Sample paths generated using this approach are
samples of a multivariate Markov process. This means that
given a system state x(t), the state x(t + τ) at any future
time t + τ only depends on x(t) and not on the previous
history of the system. Transitions between system states
are performed by generating independent, exponentially
distributed waiting times τj for each possible event Rj

(according to the event propensities) and choosing the
event with the minimum waiting time. The computational
procedure is the same for all event types Rj . It uses the
current event propensity aj(x, t) and a uniformly distributed
random variable r ∼ U[0, 1]:

τj = − log r
aj(x, t)

. (2)

Equation (2) leads to exponentially distributed waiting
times τ which are characteristic for Markov processes. After
selection of the event Rj with the smallest τ-value τj , the
current simulation time t is advanced to t ← t + τj ,
and the system state is changed to x(t) ← x(t) + v j . To
improve the computational performance, the Gibson-Bruck
algorithm introduced a dependency graph which leads to an
efficient update rule where only those reaction propensities
are updated that are influenced by the last reaction realized.
A reaction Rb depends on a reaction Ra if one of the educts
of Rb is changed by reaction Ra [8]. A complete overview
of improvements of the classical Gillespie algorithm can be
found in the literature [9].
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The algorithm reads as follows.

(0) Initialization: to initialize the system, set the initial
number of each species Si to x(t) = x(t0), t = t0, and
calculate the waiting times τj , j = 1, . . . ,M for each
event Rj .

(1) Event selection: select the event Rj that minimizes the
associated τ-value (2).

(2) Update time and state: increment the system time t ←
t + τj and change the state vector according to Rj :
x(t + τj) = x(t) + v j .

(3) Exit condition: if (t+τj > Tmax) then Exit, where Tmax

is the maximum simulation time.

(4) Update: recalculate τ-values of related events as
stored in the dependency graph.

(5) Go to step 1.

The Gillespie algorithm quickly meets its limits when
systems with increasing system volumesΩ and large numbers
of implemented events are simulated. In particular, the
presence of different time scales can decrease the efficiency
crucially (e.g., diffusion events outnumber Ca2+ buffer
association/dissociation events by far [10]). The τ-leaping
method, which is introduced in the next paragraph, partially
solves these problems.

4. The τ-Leaping Method

Frequently, it is not necessary to track all individual events
explicitly because event propensities do not change signifi-
cantly in a certain time interval of length τ. Using the classical
Gillespie algorithm, this fact leads to a high computational
effort which is not always necessary in terms of accuracy.
The τ-leaping method takes advantage of this observation
by evaluating how many times each event Rj will occur
in the discrete time interval [t, t + τ). To apply the τ-
leaping method to model systems, it is necessary to find
an appropriate τ value for every simulation step. The so-
called leaping condition requires the time interval to be small
enough to assure that no propensity function aj undergoes
an appreciable change. This is traditionally accomplished by
bounding Δτaj(x, t) to the product of a defined error control
parameter ε and the sum of all propensity functions a0 [9]:

Δτaj(x, t) ≤ ε · a0(x, t). (3)

Considering chemical reaction systems exhibiting a wide
range of temporal scales, this approach might lead to
inaccuracies due to the high variability of the involved event
propensities. To satisfy the leap condition in such cases,
Cao et al. [11] suggested a new τ-selection procedure which
bounds the relative changes in aj by a fixed factor ε. A
detailed discussion of different τ-selection procedures can be
found in the literature [11].

In this context, aj(x)τ denotes the average occurrence
of Rj in [t, t + τ), which is adequately approximated by

a Poisson-distributed random variable ξj(aj(x), τ). This
approach leads to the τ-leaping approximation which reads

x(t + τ) = x(t) +
M∑

j=1

v j ξ j
(
aj(x)τ

)
. (4)

Poisson random variables are unbounded and some reaction
networks can produce the impossible scenario of negative
copy numbers for certain chemical species. Especially, small
reactant populations with copy numbers close to zero are
affected by this. Different solutions have been proposed
to solve this problem. Tian and Burrage [12] developed
an alternative by replacing the Poisson-distributed random
variable by a binomial random variable which can be
bounded by the actual number of reactants of each species.

Cao et al. [11] introduced the modified (nonnegative)
Poisson τ-leaping approach. It is based on the idea of
subdividing the set of all events into critical and noncritical
events depending on their risk to induce negative reaction
species populations in [t, t + τ). Simulating critical events
with the classical Gillespie algorithm and non-critical events
using τ-leaping, the probability of negative molecule counts
becomes nearly zero.

5. The Chemical Langevin Equation

The approximation of the event count occurring in a
carefully chosen time interval [t, t + τ) can be taken a step
further. If a chemical reaction system not just fulfills (a) the
leaping condition but also satisfies (b) ajτ � 1, for all j ∈
[1,M], the Poisson-distributed random variable ξj can be
approximated by a normally (Gaussian-) distributed random
variable with mean and variance equal to aj(x)τ:

ξj
(
aj(x)τ

)
≈ N

(
aj(x)τ, aj(x)τ

)
. (5)

With the linear combination theorem of random variables
and (4), we can derivate the “white noise form” of the
Langevin equation:

x(t + dt) = x(t) +
M∑

j=1

v ja j(x(t))dt +
M∑

j=1

v j

√
aj(x(t))dB(t),

(6)

where at dB(t) denotes a temporally uncorrelated Gaussian
white noise process (the increments of a Brownian motion
B(t)).

The CLE approach implies some notable consequences.
First, the integration time interval dt is fixed. Second, due
to the transformation of the Poisson to a Gaussian random
variable, the resulting molecule counts become real values
rather than integers. The change of the state vector x(t)
is dependent on a deterministic part (first sum of (6)),
and a stochastic part (second sum of (6)). When the
number of reactants tends to infinity, the stochastic term
can be neglected compared to the deterministic part, and (6)
reduces to the deterministic reaction rate equation approach.
This extrapolation provides the link between conventional
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deterministic chemical kinetics and the stochastic approach.
A complete derivation of the CLE can be found in the
literature [13].

Furthermore, the theory of stochastic processes allows
a transformation of the Langevin equation to an associated
Fokker-Planck equation (FPE) that describes the temporal
evolution of the probability density P(x, t) [14]. The FPE
method has been applied to calcium dynamics in the dyadic
cleft of cardiomyocytes [15]. Given that researchers are
often more interested in explicit sample paths of a model
than in probability distributions, the CLE approach is more
common.

6. Hybrid Simulations

The simulation of complex chemical systems, including a
set of events with a high variability of propensity functions,
often cannot be conveniently approximated by the CLE.
The resulting loss in accuracy ignores important events
on slow temporal scales that affect the evolution of the
whole system (e.g., ion channels). A promising way to
avoid the high computational effort of the classical Gillespie
algorithm while achieving a satisfying degree of accuracy is
Hybrid simulation algorithms that combine deterministic and
stochastic approaches.

Rüdiger et al. [16] successfully proposed a hybrid
stochastic and deterministic approach for the simulation
of Ca2+ blips, describing the state transitions between the
subunits of an IP3R calcium channel with the classical
Gillespie algorithm and the surrounding Ca2+-dynamics
(buffering, diffusion) as a deterministic process. Similar
approaches have been introduced by Stern et al. [17] and
Greenstein and Winslow [18] using cardiac and skeletal
muscle cells as model systems. Kalantzis [19] and Choi et
al. [20] proposed hybrid algorithms that switch adaptively
between the classical Gillespie algorithm, the τ-leaping
method, and the chemical Langevin equation. Skupin et
al. introduced a spatially resolved multiscale model which
combines detailed stochastic channel gating on the scale of
a channel cluster with a linearized spatial bidomain model to
integrate them on a microscopic scale [21].

7. Conclusion

High-resolution confocal laser microscopy and mathemati-
cal models of calcium signaling showed that stochastic effects
can be essential for intracellular information processing. At
the same time, we observe a continuous improvement in
data quality through advanced measurement techniques and
increasing accuracy and availability of physical and chemical
properties of signaling molecules. Thus, stochastic simula-
tion approaches are increasingly used to simulate subcellular
signaling pathways. New tendencies in developing integrated
simulation algorithms that case-dependently switch between
different approaches are very promising and may provide
efficient solutions for the simulation of large systems with
complex event interactions. Most importantly, future work
has to prove the validity of those approaches on different
spatiotemporal scales.

The degree of stochasticity necessary to model Ca2+

microdomains is still discussed. Tanskanen et al. [22] as
well as Hake and Lines [23] both proposed two different
models of the cardiac dyadic cleft, using different algorithms.
The dyadic cleft is a functionally important microdomain in
cardiac myocytes where the process of excitation-contraction
coupling takes place. This microdomain is located between
the sarcolemma and the endoplasmic reticulum membrane
and is characterized by steep Ca2+-concentration gradients
and atoliter volumes. The interaction between L type calcium
channels (LCC) and clusters of Ryanodine receptor calcium
channels is the key event of this process. Tanskanen et al.
[22] introduced a model using a spatially resolved Markov
process, taking into account the positions of individual Ca2+-
ions, dyadic proteins, the membrane surface charges, and
channel gating [22]. They conclude that the full stochasticity
of their approach is necessary for an exact description
of the dyad. On the other hand, Hake and Lines [23]
also used the dyadic cleft as the structural basis of their
work. Comparing a hybrid model, combining a deterministic
continuous model with stochastic receptor gating and a
fully stochastic Random Walk (RW) approach, they conclude
that under certain limitations of the simulation parameters,
the deterministic approach reproduces the RW results suffi-
ciently well. Thurley and Falcke [24] recently used a hybrid
simulation approach to study the relation of robustness
and sensitivity of calcium-dependent subcellular pathways
based on the statistical properties of interspike intervals. Even
though there is a high diversity of deterministic, stochastic,
and hybrid simulation strategies, the specifying system
parameters are equal. The open source community has
consistently developed the System Biology Markup Language
(SBML) [25] which defines a universal XML file format to
ensure the interchangeability of model definitions between
different software packages. Therefore, one of the major goals
of future efforts should be a support of the SBML or an
equivalent file format to help with the advance of a flexible,
barrier-free system biology community.
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We review the use of thin filament-reconstituted muscle fibers in the study of muscle physiology. Thin filament extraction and
reconstitution protocol is a powerful technique to study the role of each component of the thin filament. It is also useful for
studying the properties of genetically modified molecules such as actin and tropomyosin. We also review the combination of
this protocol with sinusoidal analysis, which will provide a solid technique for determining the effect of regulatory proteins on
actomyosin interaction and concomitant cross-bridge kinetics. We suggest that thin filament-reconstituted muscle fibers are an
ideal system for studying muscle physiology especially when gene modifications of actin or tropomyosin are involved.

1. Introduction

Striated muscle has a highly ordered structure where muscle
proteins are arranged in an array of filaments [1, 2].
It is critically important that these structures are maintained
so that muscle proteins retain their physiological functions.
Thus, physiological functions of muscle proteins must be
studied using a model that preserves their native higher-
order structure. Thin filaments involving actin, tropomyosin
and troponin can be reconstituted in vitro which preserves
Ca2+ sensitivity, and, in this model, the measurement of
active tension or sliding speed is possible (in vitro motility
assay system) [3, 4]. In the in vitro motility assay system, the
higher-order structure of thin filaments is reconstituted but
myosin or the motor domain of myosin is randomly placed
on glass-coverslip, which differs from the physiological
condition. The higher-order structure of thick filaments
can be reconstituted relatively easily in vitro by lowering
the ionic strength of the solution [5] although force or
sliding velocity could not be measured until single-molecule
manipulation techniques were developed [6, 7]. These in
vitro experiments with reconstituted filaments revealed that

muscle proteins show altered kinetics when the higher-
order structure is conserved, indicating the importance of
the higher-order structure in the study of muscle proteins.
Although filament structures can be reconstituted in vitro
using purified proteins, it is still difficult to reconstruct the
3D structure of muscle where thick and thin filaments are
arranged in a hexagonal lattice. Recently, a new in vitro
assay system was developed which used an isolated A-band
and reconstituted actin filament to measure the active force
developed in the thick filament lattice structure [8]. This
approach enables the study of the physiology of muscle
proteins preserving higher-order structure of muscle but,
because the preparation of A-band is labor consuming and
the setup is relatively complicated, this technique did not
become widely used. Another approach is to exchange the
small molecules such as troponin and myosin light chain in
skinned muscle [9–12]. Although this approach enables the
study of the properties of some muscle proteins, most other
proteins such as myosin, actin, and tropomyosin are difficult
to exchange; thus another approach is needed.

Removal and reconstitution of the filament in skinned
muscle is another way to exchange muscle proteins with
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Figure 1: Schematic diagram illustrating the thin filament removal and reconstitution protocol. By applying gelsolin to skinned muscle fibers
(a), thin filament free muscle fibers (b) can be obtained. By adding actin monomer to these thin filament free muscle fibers, actin-filament-
reconstituted muscle fibers without regulatory proteins (c) can be obtained. Thin filament can be reconstituted by adding regulatory proteins
to these actin-filament-reconstituted muscle fibers.

(a) (b) (c)

Figure 2: Confocal fluorescent micrograph of muscle fibers at each step of thin filament removal and reconstitution. (a) Control cardiac
muscle fibers. (b) Gelsolin-treated muscle fibers. (c) Actin-filament-reconstituted muscle fibers. Actin filament was stained with rhodamine-
phalloidin. Scale bar: 5 μm.

purified proteins. Because thick filaments can be removed
relatively easily by increasing the ionic strength [13], sev-
eral attempts were made to reconstitute thick filaments
using purified myosin. Although myosin filaments can be
reconstituted relatively easily in vitro, reconstitution of thick
filaments inside skinned muscle fibers is not possible due
to the spontaneous polymerization of myosin filament. On
the other hand, thin filaments cannot be removed by simply
changing the ionic strength of the surrounding environment.
Selective removal of thin filaments was achieved by using
the actin filament severing protein, gelsolin, as a molecular
tool, which enabled elimination of actin, troponin, and
tropomyosin from skinned muscle fibers [14–16]. Because
gelsolin requires Ca2+ for actin filament severing, actomyosin
ATPase inhibitor was initially used during gelsolin treatment,
which was followed by the use of actin filament severing
domain of gelsolin [17]. Using these thin filament-removed
(thin filament-free) skinned muscle fibers, reconstitution
of thin filaments was performed [18]. Figure 1 illustrates
the procedure for the removal and reconstitution of thin
filaments. When purified actin monomer was added to thin
filament-free skinned muscle fibers under the polymerizing
condition, the actin filament polymerizes nucleated by a

short fragment of the thin filament remaining at the Z-disk,
reconstituting the actin filament. These investigators [18]
used potassium iodide rather than potassium chloride and
low temperature in order to slow the spontaneous nucleation
of actin polymerization. These actin-filament-reconstituted
muscle fibers can be used to study the properties of the
actin filament without regulatory proteins. By the addition
of the tropomyosin-troponin complex to actin-filament-
reconstituted skinned muscle fibers, Ca2+ sensitivity was
recovered [19]. Figure 2 shows confocal micrographs of
muscle fibers stained for actin filament before and after
the thin filament removal and after the reconstitution of
actin filament. The confocal image clearly shows that thin
filaments were removed by gelsolin treatment and restored
after reconstitution of actin filament. When skinned skeletal
muscle fibers were used for thin filament removal and
reconstitution, only ∼20% of active tension was recovered
regardless of the duration of actin filament reconstitution
[18]. This was attributed to the damage of the Z-disk due
to the overremoval of actin fragments which constitute the
Z-disk and/or by proteases contaminated in the gelsolin
solution. When skinned cardiac muscle was used, active
tension was recovered by more than 100%, average being
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∼140% [19]. The successful recovery of active tension
when cardiac muscle fibers were used was probably due
to the stronger Z-disk structure of cardiac muscle. Active
tension augmentation (by ∼40%) was attributed to the
length distribution of thin filaments in cardiac muscle,
where length distribution is broad and the average length
is shorter compared to skeletal muscle [20]. The longer
length of thin filaments after reconstitution is likely to
increase active force of the muscle fibers. When the skeletal
tropomyosin-troponin complex was used in place of cardiac
muscle, reconstituted muscle fibers showed a pCa-tension
relationship that resembles that of the skeletal muscle fibers,
showing successful exchange of the regulatory proteins.

The primary function of striated muscle is to generate
active force; thus, when studying the physiological function
of muscle proteins, it is important that active tension is
measured. Unlike the in vitro motility assay system where
expensive equipment, such as optical tweezers, is needed to
measure force generation, it is comparatively easy to measure
active force generated by thin filament-reconstituted skinned
muscle fibers. Thus, thin filament-reconstituted muscle
fibers are an ideal model for studying the physiology of thin
filament proteins [21].

2. Study of the Effect of Regulatory Proteins
in Muscle Physiology Using Thin Filament-
Reconstituted Skinned Muscle Fibers

Unlike small proteins such as troponin or myosin light
chains, tropomyosin is bound to seven actin monomers
and it is extremely difficult to remove without damaging
other muscle proteins. Using actin-filament-reconstituted
muscle fibers before reconstitution of regulatory proteins,
it is possible to measure the properties of bare actin
filament without regulatory proteins in force generation.
This is also possible by using in vitro motility experiments,
but actin filaments are usually stained with fluorescent
phalloidin, which may affect the active tension generating
capability of actomyosin complex. Generally speaking, the
in vitro motility system requires expensive experimental
setups, such as optical tweezers, for force measurement,
and the experiment is labor intensive, requiring numerous
experiments to compensate for the large variation of the
results. In addition, the in vitro motility assay system can
only be performed at very low ionic strength, such as
∼50 mM, which is different from physiological conditions
where ionic strength is∼200 mM [22]. In the actin-filament-
reconstituted muscle model, active force generated by naked
actin filament can be measured without phalloidin staining
and at a physiological ionic strength. Moreover, the lattice
structure of thick filament is conserved, offering a more
natural physiological condition. Here, we show examples
of the use of a thin filament removal and reconstitution
protocol for studying the role of regulatory proteins in
muscle physiology.

During muscle fatigue or the onset on ischemia, intracel-
lular pH of muscle decreases, resulting in a decrease in active
tension, Ca2+ sensitivity, and shortening velocity [23, 24].

It is known that even in skinned muscle fibers where only
thick and thin filament is involved, active tension generation
capability is affected by pH, but whether regulatory protein
affects the pH dependence of active tension is unknown.
Using a thin filament removal and reconstitution protocol,
the effect of regulatory proteins on the pH effect was
studied [25]. In skinned cardiac muscle fibers, active tension
increased linearly with an increase in pH, consistent with
previous reports [26, 27]. This was also the case in actin-
filament-reconstituted fibers, but the slope was much steeper
than that with regulatory proteins. When regulatory proteins
were reconstituted, the muscle fibers regained the original
pH-force relationship [25]. The pH-force relationship was
also recovered by the reconstitution of tropomyosin only,
showing the importance of tropomyosin in the modulation
of the pH-force relationship of muscle. When regulatory
proteins from skeletal muscle were used, the pH-force
relationship resembled that of skeletal muscle, which is larger
than cardiac muscle. This result indicates that regulatory
proteins protect muscle fibers from active tension decrease
due to acidosis, especially in cardiac muscle where active
tension loss by acidosis may be critical.

Sliding velocity and the active tension generation capa-
bility of striated muscle is also influenced by temperature
where both the sliding velocity and active tension are larger
at higher temperatures below 40◦C [28, 29]. An increase
in the sliding velocity indicates an increase in actomyosin
ATPase activity, whereas an increase in active force suggests
an increase in the number of force-generating cross-bridges.
This shows that ATPase activity in the cross-bridge cycle is
not equally affected by temperature [29], hypothesizing that
the force generated by each cross-bridge does not change.
Although the effect of temperature in muscle physiology has
been well studied, the influence of regulatory proteins in
the effect of temperature remains unknown. Using the thin
filament removal and reconstitution protocol, the effect of
regulatory proteins in temperature sensitivity of active force
was studied [30]. In actin-filament-reconstituted muscle
fibers without regulatory proteins, the effect of temperature
on active tension was much less than the native fibers.
When regulatory proteins were reconstituted, muscle fibers
regained the temperature-force relationship of native fibers.
Stiffness of muscle during contraction, an indicator of the
amount of strong binding cross-bridges, decreased when
temperature was increased in muscle fibers without regula-
tory proteins. Detailed study has revealed that cross-bridge
detachment is enhanced by increasing temperature when
regulatory proteins are absent [30]. This study showed that
regulatory proteins may influence the actomyosin ATPase by
modifying the surface of thin filaments.

One of the interesting features of striated muscle is its
autooscillatory mechanism. Skinned striated muscle self-
oscillates at few Hertz without Ca2+ oscillation in the
presence of both MgADP and inorganic phosphate (Pi) at
relaxing conditions (SPOC) [30, 31]. Under these condi-
tions, both active tension and sarcomere length oscillate
periodically. To investigate whether tropomyosin is involved
in the SPOC, actin-filament-reconstituted muscle fibers
have been used [32]. When active tension was decreased
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Figure 3: Kinetic model of actomyosin (AM) ATPase. The main pathway is shown in black and the minor pathway in grey. Upper row is in
attached state and lower row is in detached state. A: actin; M: myosin. The asterisks show the difference in the conformation of the molecule.

by 2,3-butanedione 2-monoxime (BDM), the inhibitor of
actomyosin ATPase, SPOC was observed in the presence of
MgADP and Pi even when regulatory proteins were absent.
This result clearly showed that tropomyosin is not required
in SPOC and that oscillatory mechanisms are inherent in
the actomyosin motor system. Recently, the mechanism of
SPOC was clarified where the change in lattice spacing by
mutual sliding of thick and thin filaments is the key point in
the generation of oscillation [33]; this also indicated that the
regulatory system is not a requirement for SPOC. Thus, the
prediction made by the actin-filament-reconstituted model
was shown to reflect the properties of muscle.

3. Combination with Sinusoidal Analysis

The thin filament removal and reconstitution protocol
enables the exchange of actin and tropomyosin in skinned
muscle fibers which is not possible in other methods, thus
it is expected to be useful in studying the physiology of
genetically engineered actin, troponin, and tropomyosin.
Although the change in the active force by altering the
surrounding environment such as pH or temperature is
possible in the thin filament removal and reconstitution
protocol, it is not possible to compare the active force before
and after reconstitution of the actin filament because active
tension recovery varies largely between experiments. This is
problematic when the study of genetically engineered muscle
protein is considered, because the first parameter that is
to be compared is tension generation capability. To avoid
this problem, it is ideal to measure the force per cross-
bridge. This can be achieved by measuring the stiffness of the
muscle fibers during activation to determine the number of
strongly bound cross-bridges and by measuring the kinetic
parameters of the actomyosin ATPase scheme to calculate the
number of cross-bridges among various states. To study the
kinetics of actomyosin ATPase cycle, perturbation which can
alter the ATPase kinetics at a speed faster than the reaction to
be studied is needed. For example, temperature jump study
(T-jump) can deduce several apparent rate constants relating
to the actomyosin ATPase and by changing the concentration
of MgATP, MgADP, or Pi, and, accordingly, the details of
actomyosin ATPase can be presumed [28, 29]. The T-jump
study revealed that muscle force generation is endothermic,
and several cross-bridge states exist in actomyosin complex
[28, 29]. Other such “jump” experiments such as pressure
[34], Pi [35, 36], or ATP [37, 38] can also deduce the
elementary steps of the actomyosin ATPase. Perturbation
to actomyosin ATPase can also be achieved by step length

change; the kinetics were studied using both release and
stretch protocols [39–41]. Other than applying step length
change, sinusoidal length change was also used, which
gives a higher signal-to-noise ratio than the step length
change experiments [42, 43]. Sinusoidal analysis revealed
three exponential processes in response to length changes,
which were attributed to six steps of the elementary steps
of the cross-bridge cycle, and three equilibrium constants
and four rate constants associated with this scheme were
deduced [44]. Because sinusoidal analysis can characterize
all of the equilibrium constants between the elementary
steps of the cross-bridge cycle, calculation of the distribution
of the cross-bridge species is possible. Measurement of
the stiffness enables estimation of the amount of strong
binding cross-bridges during activation, and consequently
force per cross-bridge can also be estimated. Since sinusoidal
analysis can reveal the details of the actomyosin ATPase
cycle, the combination with the thin filament removal and
reconstitution protocol is expected to yield many interesting
results.

Investigations using the thin filament removal and recon-
stitution protocol and sinusoidal analysis revealed the
influence of regulatory protein on the elementary steps of
the cross-bridge cycle [42, 43]. These studies showed that
the regulatory proteins promote cross-bridge detachment
by increasing K2 and decreasing K4, which was primarily
caused by tropomyosin (Figure 3). This finding implies
that the regulatory system inhibits actomyosin interaction
even in the presence of Ca2+. At the same time, active
force generated by each cross-bridge was larger in the
presence of regulatory proteins, which may be induced by
the conformational change of actin filaments due to the
presence of regulatory proteins. The combination of the thin
filament removal and reconstitution protocol and sinusoidal
analysis is particularly useful in studying genetically modified
actin and tropomyosin. Several actin mutants were studied
in which the N-terminal negative charges were changed
using sinusoidal analysis [45]. Electrostatic force between
the N-terminal charge of actin and the cationic loop 2 of
myosin is believed to be important in the initial association
with myosin. The result showed that the stronger negative
charge at the N-terminal enhances active force during con-
traction. The effect of genetically engineered tropomyosin
on cross-bridge kinetics was also studied using the thin
filament reconstitution protocol and sinusoidal analysis.
Tropomyosin is a coiled-coil dimeric protein that binds to
seven actin monomers and its sequence shows a 7-fold repeat
relating to the sites which bind to actin [46]. The seven
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repeats are quasi-equivalent but solution studies show the
differences in their functions, where the first and last periods
are important in the head-to-tail association of tropomyosin
molecule and period 4 involved in troponin binding. Using
the thin filament reconstitution protocol, Kawai et al. showed
that period 3 of tropomyosin is essential in the enhancement
of isometric tension [47]. The physiological properties
of tropomyosin mutations (V95A, D175N, and E180G)
regarding hypertrophic cardiomyopathy (HCM) were also
studied using the same method and showed that contrac-
tility was decreased and relaxation was impaired in HCM
tropomyosin [48]. Likewise, the effects of phosphorylation
and/or dephosphorylation of tropomyosin were investigated
by using this technique [49]. These studies showed that the
combination of the thin filament reconstitution protocol and
sinusoidal analysis is very useful in the study of genetically
modified actin and tropomyosin.

4. Studying Titin Using Thin Filament-Free
Muscle Fibers

Titin (also known as connectin) is a muscle-specific giant
protein with a molecular weight of 3∼4 MDa [50]. Titin
spans from Z-disk to M-line in half sarcomere constituting
a third filament in muscle, and it functions as a molecular
spring during stretch which determines the passive force.
The property of titin is particularly important in cardiac
muscle physiology because titin’s property as a spring is a
major determinant of diastolic force. Mechanical properties
of titin can be studied by stretching muscle fibers during
relaxation, but there is an effect from slow cycling weakly
bound cross-bridges [51]. The effect of weakly bound cross-
bridges can be eliminated by using the thin filament-free
muscle fibers, which is the state before the reconstitution of
actin filament in the thin filament removal and reconstitu-
tion protocol. Figure 4 shows the stress-strain relationship
of cardiac myofibril treated with gelsolin. When skinned
skeletal muscle fibers were stretched after removal of thin
filament, the stress-strain relationship differed from those in
the presence of thin filament showing the presence of weakly-
bound cross-bridges [17]. The effect of Ca2+ on passive force
was investigated using thin filament-free muscle fibers [52];
in the presence of Ca2+, it is important to eliminate the effect
of cross-bridges to measure passive force, as the coexistence
of Ca2+ and ATP will activate the cross-bridges. Studies have
shown that Ca2+ increases the stiffness of titin, which may
play a role during systole and diastole [52, 53].

5. Conclusions

The thin filament removal and reconstitution protocol is use-
ful in the study of the physiology of actin and tropomyosin
in muscle contraction. It is particularly valuable when com-
bined with sinusoidal analysis. Actin-filament-reconstituted
muscle fibers are useful in studying the properties of genet-
ically modified actin. Thin filament-reconstituted model is
helpful in studying the properties of tropomyo-sin. Muscle
fibers without thin filament can be used to study the me-
chanical property of giant protein titin.
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Figure 4: (a) Phase-contrast image of cardiac myofibril treated with
gelsolin. Myofibril was held with two glass needles. Thick needle was
moved to the left to stretch the myofibril and force was measured by
the bending of the thin needle. Scale bar: 10 μm. (b) Stress-strain
relationship of myofibril treated with gelsolin. Two examples are
shown. Strain is expressed relative to the slack length.
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This paper characterized bovine extraocular muscles (EOMs) using creep, which represents long-term stretching induced by a
constant force. After preliminary optimization of testing conditions, 20 fresh EOM samples were subjected to four different loading
rates of 1.67, 3.33, 8.33, and 16.67%/s, after which creep was observed for 1,500 s. A published quasilinear viscoelastic (QLV)
relaxation function was transformed to a creep function that was compared with data. Repeatable creep was observed for each
loading rate and was similar among all six anatomical EOMs. The mean creep coefficient after 1,500 seconds for a wide range of
initial loading rates was at 1.37± 0.03 (standard deviation, SD). The creep function derived from the relaxation-based QLV model
agreed with observed creep to within 2.7% following 16.67%/s ramp loading. Measured creep agrees closely with a derived QLV
model of EOM relaxation, validating a previous QLV model for characterization of EOM biomechanics.

1. Introduction

Since strabismus surgery manipulates extraocular muscles
(EOMs) mechanically to correct binocular misalignment,
accurate determination of quasistatic biomechanical proper-
ties of EOMs may be important. Classical studies investigated
the uniaxial force and length relationship for EOMs [1–4].
More recently, comprehensive biomechanical methods have
been employed to characterize constitutive models [5] for
EOMs, representing their viscoelastic, or history-dependent
relationship between stress and strain [6, 7]. Several impor-
tant mechanical behaviors reflect viscoelasticity: hysteresis,
relaxation, attenuation of acoustic waves, and creep.

Hysteresis is history dependent variation in mechanical
behavior, resulting in differences in stress between loading
and unloading phases. Hysteresis implies work, energy dis-
sipation due to loading and unloading [5, 8, 9]. Relaxation
describes how a material deformed by external perturbation
returns to equilibrium. In stress relaxation testing, a material
is rapidly subjected to displacement and then maintained
over an extended time interval at the same displacement by

external feedback while a decline in required external force is
observed [6, 10–13].

Creep is the tendency of a material to deform perma-
nently under constant force. To characterize creep, tensile
loading is rapidly imposed and maintained at a constant
level while specimen elongation is observed over an extended
time [13, 14]. Creep is likely to be particularly significant
in binocular alignment and strabismus, where agonist and
antagonist EOMs remain under loading for extended time
periods, and where such loading is purposely altered by, for
example, strabismus surgery that alters EOM tension.

While viscoelastic properties have often been neglected
in interpretation of conventional EOM length-tension data,
realistic constitutive modeling is essential for accurate finite
element models (FEMs) that graphically simulate interac-
tions of EOMs with orbital connective tissues. Supporting
this contention, Quaia et al. [7] and our previous investiga-
tion [6] highlighted the need for valid constitutive models of
EOMs in application of quasilinear viscoelastic (QLV) theory
to constitutive modeling.
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Linear elasticity theory is well established for strains of
≤3% in generic materials. Soft tissues generally, however,
undergo larger physiological strains in the range of tens
of percent where behavior becomes nonlinear. Modeling of
EOMs should consider the hyperelastic nature of soft tissue,
which means that it is highly nonlinearly elastic [12, 15–
20] Fung’s QLV theory [5, 21–23] is appropriate because it
incorporates both linear viscoelastic and nonlinear elastic
characteristics. We previously reported that a QLV model
based upon in vitro relaxation data was effective in describing
mechanical behavior of passive bovine EOMs [6].

Quaia et al. found limitations in QLV describing con-
stitutive properties of in vivo simian EOMs at short-time
scale and proposed a modification that they termed adaptive
quasilinear viscoelasticity (AQLV) [7]. Although AQLV was
superior to QLV in describing EOM properties relevant to
the most rapid eye movements (saccades), the approach is
computationally intensive and requires extensive data collec-
tion that would limit its practicality for FEM. We supposed
that the simpler QLV formulation might be adequate to
quasistatic, passive behavior of EOMs relevant in binocular
alignment and strabismus.

Since the EOMs are not contracting when under tensile
loading, we emulated a previous study with the assumption
that absence of perfusion and innervation would not strongly
influence constitutive properties [6]. By investigating EOM
creep, we aimed to extend understanding of their time-
dependent stress-strain behavior and to validate the previ-
ously reported relaxation-based QLV model applicable to
FEM [6].

2. Methods

The approach was similar to that previously published [6].
The EOM specimens prepared from heads of cattle freshly
slaughtered for food. The total time from slaughter to me-
chanical testing ranged from 3 to 4 hours. During the prep-
aration of specimens, the tissues were constantly irrigated
with lactated Ringer solution, which was kept at 37◦C, to
prevent any dehydration. The EOM specimens were cut into
2∼3 cm long rectangular prisms (length of actual bovine
EOMs) having 2 mm × 2 mm cross-section. Actual test
length of each specimen was 10 mm, with ≤5 mm on both
ends that was clamped on the load cell, excluding the termi-
nal tendon. As in the previous study, a tabletop microtensile
load cell, Instron model 4411 (Instron, Norwood, Mass,
Series IX software) was enclosed in a plastic chamber where
warm water vapor and radiant heat maintained physiologic
97% humidity and 37◦C temperature as indicated by a
sensor (Fisher Scientific, Chino, Calif). Preconditioning was
omitted because a previous investigation of passive EOM
relaxation properties demonstrated that preconditioning did
not influence results [6]. For both creep testing and prelimi-
nary experiments to optimize the testing parameters, total of
60 EOM specimens from 8 different bovine orbits were used.

2.1. Creep Testing. We determined the reduced creep (ε(t)/
ε(0)). In ideal creep testing, an initial tensile force should be

imposed on the specimen instantaneously and then main-
tained at a constant level for an extended time [5, 13]. Since
instantaneous imposition of tensile force is physically impos-
sible, tensile force is rapidly increased at a constant ramp
rate to a level that is subsequently maintained. Based upon
tensile-loading results [6], we selected 0.2 N, which produces
30% strain that is well within the linear range, as an ap-
propriate ramp force. Although the maximum loading rate
of the load cell was 550 mm/min, it was necessary to limit
the rate to 100 mm/min to maintain stable force feedback.
Therefore, all the creep tests were performed at the following
four rates: 10, 20, 50, and 100 mm/min, equivalent to 1.67,
3.33, 8.33, and 16.67%/s, respectively. After the initial load-
ing of 0.2 N was imposed, this force was then maintained by
the load cell’s feedback servo for 1,500 s during recording of
specimen length.

2.2. Fung’s Quasilinear Viscoelasticity Theory. It represents
stress as a function of strain and time. In stress relaxation
testing, strain is held constant and the stress declines as a
function of time alone:

σ(t) = σ0G(t), (1)

where G(t) is the time dependent reduced relaxation func-
tion with G(0) = 1, and σ0 is initial stress. Similarly, for
static creep in which stress is held constant, strain varies as
a function of time alone:

ε(t) = ε0J(t), (2)

where J(t) is the time dependent reduced creep function with
J(0) = 1 and ε0 is the initial strain. For linear viscoelasticity
[5], which is a special case of the more general QLV theory
[24], time-varying stress relaxation function G(t) and creep
function J(t) should be related as follows:

G(0) = 1
J(0)

,

G(∞) = 1
J(∞)

,

(3)

or

G(s)J(s) = 1
s2

, (4)

where G(s) and J(s) are Laplace transforms of the functions
G(t) and J(t), respectively. A nonlinear least square method
was used in previous study fit the stress relaxation data,
determining constants a, b, c, d, g, and h [6]:

G(t) = ae(−bt) + ce(−dt) + ge(−ht). (5)

Using the Laplace transform of the stress relaxation function
and (4), a predicted creep function for EOM was determined
using MatLab (The Mathworks Inc, Natick, Mass, USA).

3. Results and Discussion

As is typical for creep testing generally [5, 24, 25], a
logarithmically increasing displacement was observed after
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Figure 1: Mean normalized displacement J(t) plotted for two specimens each of the six bovine EOMs in both linear and semi-log scales. All
EOMs exhibited similar creep to 1.34± 0.02 (SD) maximum.

initial ramp loading of each specimen, without asymptote.
Data were plotted as normalized displacement J(t), the ratio
of instantaneous specimen length to initial length.

3.1. Creep for Each Anatomical EOM. Although relaxation
and tensile properties were similar among the four rectus
and both oblique bovine EOMs in the previous study [6],
preliminary experiments were conducted on two specimens
of each of the six EOMs to determine if they exhibit similar
creep at 3.33%/s strain rate. As can be seen from Figure 1,
creep was essentially identical for all six EOMs.

3.2. Dependence of Creep on Ramp-Loading Rate. In order
to determine if EOM properties depend on initial loading,
experiments were conducted for five specimens each at four
ramp-loading rates: 1.67, 3.33, 8.33, and 16.67%/s. As an
example, Figures 2(a) and 2(b) show the force displacement
and creep plots for 0.2 N force. Since all EOMs exhibited
similar creep, differentiation of each anatomical EOM was
unnecessary.

Creep at other ramp-loading rates was similar to
Figure 2, with maximum standard deviations (SDs) for five
specimens each of 0.029, 0.056, and 0.036 for 3.33, 8.33, and
16.67%/s loading, respectively.

As seen in Figure 3, for all four initial loading rates,
creep coefficients at the end of 1,500 seconds were similar at
1.37±0.033. Despite the ultimate similarity of creep behavior,
the linear part of each curve under initial loading steepened
as loading rate increased, and the shape of each curve varied
with loading rate (Figure 3). As loading rate decreased, the
curve showed slower elongation. Since EOM is a soft tissue,

Table 1: QLV relaxation model parameters.

a 2.81

b (1/sec) 1.57

c 0.86

d (1/sec) 1.4× 10−4

g 0.34

h (1/sec) 1.7× 10−2

reaching a true asymptotic value during creep testing is nei-
ther practical nor theoretically necessary [5, 25]. Although
the creeping behavior exhibited by EOM after ramp loading
is used in its viscoelastic characterization, the rate-dependent
ramp behavior can also be used to understand the contri-
bution of EOM elasticity in its overall creep behavior. With
behavior of the EOM during the ramp phase being less
affected by viscosity as the loading rate is decreased, one can
optimize the loading rate for tensile testing to extract the
tensile elasticity of the EOM.

3.3. Conversion of Relaxation Function to Creep Function. All
constants in the reduced relaxation function were derived
from the published relaxation function [6] and are shown
in Table 1.

Using parameters extracted from the QLV relaxation
model, (4) in the time domain was converted to a reduced
creep function using the inverse Laplace transform function
and symbolic toolbox in Matlab, 6 constant values from
the Laplace S domain (6), and 7 constants from the time
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Figure 2: Mean creep for 1.67%/s loading rate for 5 EOM specimens. (a) Force versus displacement. After initial ramp loading achieved
at around 6 mm deformation, the force was held constant at 0.2 N. (b) Reduced creep coefficients over 1,500 seconds. Maximum creep
coefficient SD was 0.023.

Table 2: Constants in Time and Laplace S Domain for Creep (6)
and (7).

a1 2.81 C1 1.6137× 10−4

a2 1.57 C2 4.0473× 1021

a3 0.86 C3 0.2312

a4 1.4× 10−4 C4 1.5097× 1022

a5 0.34 C5 1.6788× 1022

a6 1.7× 10−2 C6 0.2434

C7 1.1487

domain (7) of the resulting reduced creep function are listed
in Table 2

J(s) = 1
S2(a1/(s + a2) + a3/(s + a4) + a5/(s + a6))

, (6)

J(t) = C1t +
C2 sinh(C3t)− C4 cosh(C3t)

C5 exp(C6t)
+ C7. (7)

Since ideal initial loading is assumed instantaneous, data
obtained at higher rates of initial ramp loading should more
closely reflect ideal creep. Hence, the reduced creep function
derived from the reduced relaxation function was compared
with experimental data for the highest ramp-loading rate,
showing close agreement (Figure 4). Experimental creep
coefficient values fell within ±2.7% of theoretical values for
all time points tested.

When an EOM is innervated and perfused with oxy-
genated blood, it is constantly under tension. It is important
to understand EOM creep properties for simulation of the
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Figure 3: Comparison of creep at 4 different initial loading rates.
The left arrow indicates that a lower reduced creep coefficient is
reached at the end of initial ramp loading as the ramp-loading rate
increases. The right arrow indicates that a higher creep coefficient is
reached after 1500 seconds as ramp-loading rate increases.

common situation where a physiologically relaxing EOM is
still experiencing tensile force exerted by its antagonist. In
the current study, passive bovine EOM creep was investigated
within the framework of linear viscoelasticity by comparing
converted creep function from QLV model based upon stress
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Figure 4: Observed reduced EOM creep function, and theoretical
function derived from the reduced relaxation function.

relaxation data [6]. The current experiment varied initial
elongation rate and demonstrated excellent agreement with
the theoretical prediction based upon QLV relaxation model.
It has been suggested that initial ramp loading for creep
testing of articular cartilage should occur within 250 ms [20];
however, even over a longer time of 800 ms, the data for
bovine EOMs agreed closely with values derived from relax-
ation function.

Regardless of which anatomical rectus or oblique EOM
was tested, creep for initial ramp-loading rates from 1.67
to 16.7%/s showed similar asymptotic creep coefficients of
1.37±0.03 over 1,500 s. However, dynamic creep varied with
initial strain rate. Creep coefficient J(t) reached a higher
initial value when the loading rate was lower, but subse-
quently increased more slowly (Figure 3). It seems reasonable
to assume that each EOM specimen has the same elasticity.
It is a well-accepted notion that when solid specimen is
stretched slowly, dynamic contributions are reduced because
at low initial loading speed, elasticity predominates over
viscous effects [26–28]. With predominantly elastic effects,
less energy is dissipated than when initial loading is rapid.
Since the present models were based upon data from low
strain rates, we suggest that the QLV models derived from
these investigations are most applicable to slow eye move-
ments such as fixations and pursuit. Since loading for both
relaxation and creep tests closely approximates ideal step
loading, the relaxation and creep functions are likely to
accurately reflect EOM viscosity.

4. Conclusion

This paper validated a previously reported QLV model for
EOM relaxation. Since a reduced creep function is the
inverse Laplace transform of a reduced relaxation function,
agreement between experimental creep and the previously

published reduced relaxation function constitutes a strong
test of the relaxation-based QLV model for passive EOMs,
with experimental agreement to within ±2.7% of theoretical
values. Hence, we can infer that a QLV model based upon
relaxation effectively describes the constitutive properties of
passive EOMs. The present validation of the quantitative
viscoelastic constitutive relationship for passive bovine EOM
provides better understanding of EOM biomechanics, in a
theoretical framework practical for graphical simulation of
quasistatic ocular motility using FEM.
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We investigate the effect of beat-to-beat variability on cardiac contractility. Cardiac trabeculae were isolated from the right ventricle
of rabbits and beagle dogs and stimulated to isometrically contract, alternating between fixed steady state versus variable interbeat
intervals. Trabeculae were stimulated at physiologically relevant frequencies for each species (dog 1 and 4 Hz; rabbit 2 and 4 Hz)
intercalating fixed periods with 40% variability. A subset of the trabeculae (at 90% of optimal length) was stretched prior to stimu-
lation between 5 and 13% and stimulated at the same frequencies with a fixed versus 40% variation. Fixed rate response at the
same base frequency was measured before and after each variable period and the average force reported. In canine preparations
no change in force was observed as a result of the imposed variability in beat-to-beat duration. In the rabbit, we observed a non-
significant decrease in force between fixed and variable pacing at both 2 and 4 Hz (n = 8) when 40% variability was introduced.
When a 5% and 13% stretch was applied, the correlation coefficient sharply increased, indicating a more prominent impact of the
prebeat duration on the following cycle with higher preload.

1. Introduction

Bowditch [1] described the influence of the interval between
beats on force development over 100 years ago. His landmark
experiments in frog hearts ascribed prime importance to the
effect of the interval between beats on the strength of con-
traction. Widely recognized as one of the most important
relationships in cardiac physiology, the force frequency rela-
tionship has ever since been subject of intense investi-
gation in the field of cardiac mechanics. The force-frequency
relationship (FFR) describes that an increase in force devel-
opment is observed as the interval between beats decreases
(higher frequency) and has been shown in vivo and in vitro,
occurs in all healthy mammals [2], and this FFR is impair-
ed in patients with heart failure [3]. Typically, these changes
in contractile force develop over several beats and are gener-
ally derived from steady-state observations at different freq-
uencies [4].

Other intrinsic and seemingly opposite phenomena in
mammalian myocardium act on a more immediate non-
steady-state beat-to-beat basis. Postrest potentiation des-

cribes the stronger force development seen when stimu-
lation is resumed after a longer than usual interval, that
is, a period or rest, between beats [5]. Mechanical restitution
describes the dependency of the recovery of contractile force
on the interval between contractions, namely, that a shorter
interval leads to a weaker beat and a longer interval leads
to a stronger beat [6, 7]. Postextrasystolic potentiation is yet
another mechanism whereby a shorter interval that precedes
a longer interval determines a stronger contraction in the
subsequent beat [8].

In our previous work in rat, we were able to show small
gains in average contractile force over the fixed rate period
given an equivalent number of beats in each period [9]. Here,
to translate these findings to species that more closely resem-
ble human cardiac function, we investigated R-R interval
modulation (such as what may occur during atrial fibrilla-
tion) may have on the inotropic status of the myocardium in
rabbits and dogs and seek to verify the impact of this strategy
on different species with different calcium handling and EC
coupling properties.
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2. Methods

Male NZW rabbits (2-3 months) were anesthetized with pen-
tobarbital (at 60 mg/kg intraperitoneal). In dogs (weighing
19.0 ± 0.4 kg, range, 13.6–24.1 kg, 2-3 years old), an intra-
venous catheter was placed in the cephalic vein and a surgical
plane of anesthesia was induced by the bolus injection (over
1-2 min) of sodium pentobarbital (50 mg/kg, Nembutal,
Abbott, North Chicago, ILL). Under deep anesthesia, the
hearts were rapidly removed and perfused retrogradely
through the aorta with Krebs Henseleit solution (120 mM
NaCl, 5 mM KCl, 2 mM MgSO4, 1 mM NaH2PO4, 20 mM
NaHCO3, 0.25 mM Ca2+, and 10 mM glucose) in equi-
librium with 95%O2/5%CO2. 2,3-Butanedione monoxime
(BDM) was added to the dissection solution to stop the heart
from beating and to prevent damage during dissection [10].
This investigation conforms with the Guide for the Care
and Use of Laboratory Animals published by the US national
Institutes of Health (NIH Publication Ns 83-23, revised 1996).
Suitable thin, uniform, nonbranched trabeculae along the
free wall of the right ventricle were dissected carefully and
without touching the muscle mounted in the bath as pre-
viously described for rabbit [11] and dog [12]. Average
width was ∼120–140 µm in order to prevent hypoxic cores
of the muscles [13]. The dissected specimen contained small
cubes of ventricular tissue attached to each end to facilitate
mounting the muscle onto the experimental setup. The
cube of ventricular tissue at one end of the trabecula was
connected to a hook, and the cube at the other end rested
in a basket-shaped extension of the force transducer. The
muscle was bathed in a continuous flow of oxygenated K-
H solution (without BDM), and with 1.75 mM Ca2+, at
37◦C. The dimensions (length, width, and thickness) of the
muscle were measured under 30 x magnification. Initially,
the muscle was stimulated at 1 Hz at a temperature of 37◦C
and stretched until small increases in length resulted in
about equal increases in resting tension and active developed
tension. This fixed optimal preload is equivalent to that near
the end diastolic volume in the in vivo situation (sarcomere
length of ∼2.2 µm) [14]. Trabeculae were stimulated at
physiologic frequencies for each species (1 and 4 Hz in dog,
n = 9, and 2 and 4 Hz in rabbit, n = 8) with or without
a 40% variation imposed on interbeat duration. In order to
define the load dependence of contractility during heart rate
variability (HRV), a subset of rabbit trabeculae was subse-
quently subjected to a variable preload protocol by utilizing
a high-speed high-accuracy servomotor as a displacement
device (n = 5). One end of the trabeculae was attached
to a length displacement device (i.e., a high-speed, high-
accuracy servomotor). Once peak tension is reached and
forces start declining (150 ms after initiation of the twitch),
the servomotor reduces the muscle length by 10% (to 90% of
optimal) within 2 ms, after which it is immediately stretched
at the velocity of one muscle length per second until the next
beat is triggered. At that point, the muscle length is kept
constant. This range of lengths was chosen to be close to the
in vivo sarcomere length range the heart undergoes during
a contraction [14]. The protocol is then repeated (Figure 1).
By actively stretching the muscle at a rate of 1 muscle length

per second, a certain percent stretch of muscle length will
result, which is identical to the percentage of muscle that is
released. Thus, average preload is identical both during the
fixed preload and variable preload protocol.

In all protocols, total number of beats in each fixed versus
variable period was the same. A fixed-rate steady-state res-
ponse at the same base frequency was measured before and
after each variable period, and average force was reported.

Data Analysis. Data were obtained and analyzed through
custom written software (LABVIEW). Correlation coeffi-
cients and slopes were obtained for prebeat duration and
force development. Kaleidagraph statistical package was
utilized to perform Students t-test and repeated measures
ANOVA where appropriate. All data are reported as means
± SEM.

3. Results

First, we compared the average active force development
between protocols with base frequency with a random 40%
variation in the interval between beats compared. In dog
myocardium (Figure 2), there was no significant change
on average force development at both 1 Hz (cycle time of
1000 ms) and 4 Hz (cycle time of 250 ms).

Next, we compared these protocols in the rabbit. Since
during in vivo beats, a prolonged beat-interval increases fill-
ing time, we mimicked this increase an increase in preload by
stretching the muscle during the interbeat period until stim-
ulated. In Figure 3, we depict the observed nonsignificant
decrease in strength when imposing a 40% variable protocol
until a stretch (increased pre load) is applied. Albeit not
significant, there is a reversal of the negative tendency at 5%
stretch for both baseline frequencies 2 and 4 Hz. Only at the
more extreme 13% stretch at 4 Hz (the high end of the freq-
uency range for rabbit) do we again observe a nonsignificant
trend towards a negative effect.

In Figure 4, we show the correlation between prebeat
duration and average force development in the dog at both
1 and 4 Hz during a 40% variable pacing protocol. Note the
static relationship at the different frequencies. There is no
difference with the increase in frequency.

In Figure 5, we show that as the preload stretch increases,
while the baseline frequency increases too, a much higher
correlation between beatduration and developed force. At
4 Hz, the increase in correlation becomes statistically signif-
icant. The longer the prebeat duration, the higher the con-
tractile force observed, and the shorter the interval, the weak-
er the following beat.

4. Discussion

In our previous work, we had suggested and shown that an
algorithm that imposed a beat-to-beat variability can lead
to an average slight increase in force in rat myocardium
[9]. In subsequent studies, we showed that in the rabbit, up
to three preceding beats contribute to the amplitude of a
given beat but that the average amplitude is not significantly
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Figure 1: Following a stimulus, muscle length (y-axis) is kept constant till well after peak active force development has been reached. At
150 ms after the stimulation, muscle length is quickly reduced to 90% of optimal length and thereafter restretched at 1 muscle length per
second. The duration of this stretch varied resulting in successive beats with different preloads, where the preload is increased linearly with
the interbeat duration.
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Figure 2: In dog trabeculae, at 40% variability, the average active
developed force was not increased at 4 or 1 Hz. Results are expressed
compared to baseline.

affected by a pseudovariable heart rate compared to the
average of that rate applied as steady state [15, 16]. Here, we
tested the efficacy of this initial randomized beat duration
strategy in the rabbit and dog. The current data suggest
that neither canine or rabbit myocardium seem to benefit
(i.e., increase inotropy) from a variable rate with no negative
or positive effect of variability on force development or
kinetics noticed. The explanation for this species differences
is more than likely found in the distinct manner in which
EC coupling and calcium regulation are handled in each
animal. Of particular interest is the increased contribution
of the L-type calcium channels to the overall intracellular cal-
cium pool during each contraction: ∼70% in rabbit and dog
compared to less only 2–5% in rat [17, 18]. In addition, it
is known that also myofilament isoform composition differs
between small and larger mammals, most notably in the
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Figure 3: At a variability of 40% in the rabbit at both 2 and 4 Hz,
there was no statistically significant difference between variable and
base protocols. The addition of a 5% and/or 13% stretch just prior
to contraction did not seem to improve or impair the average force
development.

myosin heavy chain (MHC) isoform [19]. However, since
the force of contraction highly depends on time passed since
the last contraction, dynamic calcium handling and distribu-
tion of calcium fluxes that are very much time-dependent
are thus more likely contributors, versus fixed differences in
isoforms of MHC, or other differences in myofilament pro-
tein expression, although these cannot be excluded to contri-
bute to the species differences at this point.

When next we investigated the effect of a variable length
(load) under a variable pacing protocol on the rabbit heart,
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Figure 4: The correlation between prebeat duration and average force development in the dog is demonstrated for both 1 and 4 Hz. There
is no difference with the increase in frequency.

we noticed a discrete increase on average force of the variable
over the fixed rate base frequency that was constant at both 2
and 4 Hz for the 5% stretch group. At 13% stretch, a similar
effect was noticed at the 2 Hz frequency group, whereas, at
4 Hz, there was a nonsignificant weakening effect. This latter
finding may have resulted as these higher frequencies from
the additional stretch may have caused some damage to the
myofilament structure by a too rapid stretch.

Of greater importance was the significantly tighter cor-
relation R2 observed between the prebeat duration and the
developed force once a small variable stretch was applied.
This correlation was much tighter as the frequency and
stretch increased (P < 0.001 at 4 Hz). This suggests that while
the interval between beats is important, there is considerable
effect that is load dependent affecting the subsequent beat.
While several studies have shown an independent and strong
effect of the interbeat duration alone and with contribution
of the Frank Starling mechanism put into question [7, 20],
there are others with findings similar to ours during in vivo
investigations [21, 22]. At the heart of the problem lie two
seemingly opposite phenomena: on one hand a sustained
decrease in interbeat duration (thus an increase in fre-
quency) leads to increased contractility, whereas instanta-
neous decreases in interbeat duration lead to a weaker imme-
diate first beat [23]. We here now show that this interplay
appears to be nonlinear in the time domain and that, by
manipulating the frequency and variability a host of factors
interact dynamically in a non-steady-state of equilibrium
that changes every instant. The mechanism of the stretch-
dependent “tightening” of the correlation is likely to be
found in the interaction between load and calcium handling

and could include stretch-dependent calcium channels and
ion homeostasis [24] on one hand, an interaction of the
higher calcium sensitivity at greater sarcomere length [25],
or a greater contribution of predominantly passive elements
such as collagen or titin [26]. Potentially, at larger sarcomere
length, the increase in the absolute myofilament calcium
buffer capacity is nonlinear with stretch and promotes reten-
tion of calcium between two subsequent beats. However,
more detailed experiments would be required to test such
hypothesis.

On a beat-to-beat basis with instantaneous switching
intervals away from steady state, the phenomena of mechani-
cal restitution and postrest potentiation and postextrasystolic
potentiation likely play an important role in determining the
immediate contractile state of the heart [27]. We speculate
that the direction and the magnitude of force modulation
possibly relate to the different relative contributions of the
sodium calcium exchanger (NCX) versus the sarcoplasmic
reticulum calcium ATPase (SERCA) to the contractile pro-
cess in each species. This paper uniquely highlights the
influence of heart rate variability on a beat-to-beat basis and
the different effects in diverse species while attempting to
account for real life in vivo events such as preload stretching
of the fibers.

We conclude that, in larger mammals, no changes in con-
tractile force can be obtained by introducing variation in the
beat-to-beat duration, and we confirm the evidence that pre-
beat duration has an important effect on developed strength
[15]. The addition of a prebeat stretch effectively tightens this
association that also becomes more significant as the freque-
ncy increases. Short-term manipulation of the beat-to-beat
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Figure 5: Top half displays the interaction between prebeat duration and force development at 2 Hz. The correlation coefficients are
increasingly tighter as the preload stretch is increasingly applied. On the bottom half, we depict the same phenomena at the higher frequency
(4 Hz). The correlation here is more evident and significantly different statistically (P < 0.01) from the initial nonstretch correlation value of
0.56.

interval thus can have variable effects that are species depen-
dent. Its underlying mechanisms require further in vivo ex-
periments as well as potential investigation of the long-term
effects on protein expression and posttranslational modi-
fications that are known to occur as a result of length [28]
of frequency changes [11, 29].
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The sarcomeric Z-disc defines the lateral borders of the sarcomere and has primarily been seen as a structure important for
mechanical stability. This view has changed dramatically within the last one or two decades. A multitude of novel Z-disc
proteins and their interacting partners have been identified, which has led to the identification of additional functions and
which have now been assigned to this structure. This includes its importance for intracellular signalling, for mechanosensation
and mechanotransduction in particular, an emerging importance for protein turnover and autophagy, as well as its molecular
links to the t-tubular system and the sarcoplasmic reticulum. Moreover, the discovery of mutations in a wide variety of Z-disc
proteins, which lead to perturbations of several of the above-mentioned systems, gives rise to a diverse group of diseases which
can be termed Z-discopathies. This paper provides a brief overview of these novel aspects as well as points to future research
directions.

1. Introduction

Z-discs (Z-disk, Z-line, Z-band) delineate the lateral borders
of sarcomeres and are the smallest functional units in striated
muscle. The core of a Z-disc consists of actin filaments com-
ing from adjacent sarcomeres which are crosslinked by α
actinin molecules [1]. Mature Z-discs are probably com-
posed of hundreds of different proteins, and one regards
them as one of the most complex macromolecular structures
in biology [2]. Z-discs, which are difficult to detect in
conventional light microscopy, appear in the longitudinal
view of electron microscopy as electron dense bands with
varying sizes, ranging between 30 and 50 nm in fast muscle
and between 100 and 140 nm in slow muscle and cardiac
myocytes. In the transverse view, they appear as a “bas-
ketweave” or as “small square lattices” [3]. F-actin filaments,
titin, and the nebulin/nebulette system directly attach to
the Z-disc, and, because of their importance for sarcomere
mechanics, the Z-disc has initially been regarded as impor-
tant for mechanical stability only.

However, within the last decade, our knowledge with re-
gard to this structure increased steadily, and it is now
clear that the sarcomeric Z-disc serves as a nodal point for

signalling in general and mechanosensation and mechan-
otransduction in particular. The Z-disc also links to the
t-tubular system, the sarcoplasmic reticulum, and several
E3 ubiquitin ligases localized to the Z-disc and link this
structure to protein turnover and probably autophagy.

While excellent reviews with regard to the structural
aspects of the Z-disc [4, 5] and with emphasis on its role in
signalling [6–9] have been published recently, we will focus
more on the role of the Z-disc in disease and will highlight
recent developments in the exciting field of Z-disc biology.

Although we use the term “Z-disc protein” in this paper,
such a protein is difficult to define. This is because (i) a pro-
tein at the Z-disc may not always be confined to the disc—
depending on developmental stage and physiological cir-
cumstances; (ii) it may be found at other locations within the
sarcomere, such as the I- and M-bands (i.e., FHL1 and 2);
(iii) these proteins can also be in multiple localizations,
including the nucleus (such as muscle LIM protein, (MLP)),
costamere (such as integrin linked kinase, (ILK)), cytoplasm,
intercalated disc, sarcoplasmic reticulum, and t-tubules. An-
other example is desmin, which is present at the sarcomeric
Z-disc but as an intermediate filament (IF); it connects
not only this structure with the desmosomes but has other
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links to other compartments, linking these to the nucleus
as well. Other examples of Z-disc proteins include the giant
protein titin, where only the amino-terminus is located to
the Z-disc, and nebulin/nebulette, where only the carboxy-
terminus is localized to the Z-disc and/or F-actin. In this
context, an NCBI online search (http://www.ncbi.nlm.nih
.gov/guide/) revealed that currently about 227 gene products
or proteins are associated with the Z disc, and at least
about 50 human and about 60 mouse gene products have
been assigned to it. Due to space restrictions, this paper
cannot discuss all of these proteins, but will focus on some
significant recent developments and point out some impor-
tant and particularly disease-associated proteins and their
genes.

2. Structural Aspects

Z-discs can be defined as plate-like structures in sarcomeres
to which the plus ends of actin filaments are localized, or they
can be defined as the centre of the I-band. As pointed out
above, they are probably composed of hundreds of different
proteins and are regarded as one of the most complex
macromolecular structures in biology [2]. Major Z-disc pro-
teins include cardiac actin which is crosslinked by α actinin
and “capped” by CapZ, titin, which spans a complete half
sarcomere, and nebulin/nebulette which runs along actin
filaments.

Z-discs, which are difficult to detect in conventional light
microscopy, appear in the longitudinal view of electron mi-
croscopy as dense zigzag bands with varying but myofibre-
specific sizes, ranging between 30 to 50 nm in fast muscle
and between 100 to 140 nm in slow muscle and cardiac
myocytes. Z-disc widths are determined by the layers of α
actinin, which can range from two to six or even more
molecules [10, 11]. It is interesting to find the thinnest
Z-discs in the fastest muscle fibres, which, functionally,
produce the highest sarcomere-shortening velocities, and
the widest Z-discs in slow muscle. It is difficult to give
an explanation for this phenomenon, but, if the Z disc
contributes to series elasticity, perhaps via its connection to
titin, thinner discs may provide less elasticity (=stiffer cell).
As the contractile apparatus is activated, it has to stretch
the discs in series before force transmits—so cellular force
transmission throughout the muscle would have a shorter
delay and be faster. Also, may be via z-disc/titin/actomyosin
interaction crossbridge that cycling may be faster. In the
transverse view, Z-discs appear as “basketweaves” or “small
square lattices” [3], and it has been proposed by Goldstein
and coworkers [12–14] as well as by Yamaguchi et al. [15],
that the Z-disc changes its structure, from small square
lattice in resting muscle to a wider basketweave form in
activated muscle [13]. A study of α actinin binding to actin
within the Z-disc revealed that the angles between both
proteins varied preferentially between 60 and 120 degrees
[16]. Both the conformational change of the Z-disc during
contraction as well as the changes of the angles between
α actinin and actin could well be part of a stress-sensing
mechanism.

3. Z-Disc-Related Proteins

3.1. α Actinin. α actinin belongs to the spectrin gene super-
family which includes a wide variety of different cytoskeletal
components including dystrophin, utrophin, fimbrin, and
alpha and beta spectrins. The skeletal and cardiac muscle
isoforms are localized to the sarcomeric Z-discs and are
important for actin localization. Various splice variants have
been reported, the largest of which contains 892 amino acids.
The mature protein is about 35 nm in length and occurs as an
antiparallel homodimer. The single protein consists of four
spectrin repeats at its centre as well as of an actin-binding
domain (ABD) at its amino-terminus and two EF hands
(calmodulin homology domains) at the carboxy-terminus,
which enable α actinin to crosslink actin filaments within the
Z-disc. A single mutation in α actinin (Q9R) has been found
in an individual affected by DCM [17], and via linkage anal-
ysis the gene for α actinin (ACTN2) has been linked recently
to HCM [18, 19] (please see also Table 1 and Figure 1). The α
actinin Q9R mutation in particular disrupts the interaction
with MLP and seems to affect cellular differentiation.

3.2. Muscle LIM Protein (MLP). Muscle LIM protein (for
Lin11, Isl 1, and Mec 3 (LIM)) is a 194 amino acid LIM-only
protein localized not only to the sarcomeric Z-disc, where it
interacts most probably with α actinin [20], calcineurin [21],
and telethonin [22, 23], but is also present in the nucleus
where this protein is able to interact with myoD, myogenin,
and MRF4 [24], as well as at the intercalated discs where it
interacts with NRAP [25], and at the costameres where it
interacts with zyxin [20], integrin linked kinase (ILK) [26],
and β1 spectrin [27]. MLP-deficient animals develop a severe
form of heart failure, and patients with mutations in this
gene develop forms of cardiomyopathy—either dilated car-
diomyopathy DCM (dilated, enlarged ventricular chambers
and inadequate systolic function) or hypertrophic cardiomy-
opathy HCM (increase in myocardial wall thicknesses which
may or may not be associated with fatal arrhythmias) [28,
29]. MLP interacts with a variety of additional proteins such
as cofilin 2 [30] and actin [31] and is involved in actin poly-
merization. Moreover, the protein has been implicated in
various signal transduction cascades, including mechanosen-
sation and mechanotransduction, calcium metabolism, and
myofibrillogenesis. Of note, MLP has also been reported
to be deacetylated by histone deacetylase 4 (HDAC4) and
acetylated by the histone acetylase (HAT) PCAM and that
its acetylation is linked to an increase myofibrillar calcium
sensitivity [32]. Although little is known about the role of
HDACs and HATs with regard to their effects on calcium
sensitivity, a possible link between these molecules, the Z-
disc, and contractility is of great interest because a direct link
between the Z-disc and calcium sensitivity has never been
shown before. However, future research will have to elucidate
this link in much more detail (for a recent review on MLP, see
[33]).

3.3. Telethonin (TCAP). Telethonin (titin cap, t-cap, TCAP) is
a small 167 amino acid protein (molecular weight ∼19 kDa)
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Table 1: Z-disc proteins involved in human disease.

Name of gene Type of disease

α actinin (central Z-disc) Cardiomyopathy

Muscle LIM protein (MLP) Cardiomyopathy

Telethonin (TCAP) Cardiomyopathy, LGMD2G

Actin Cardiomyopathy

Integrin-linked kinase (ILK) DCM

Calsarcin1 (Myozenin, ZASP) Cardiomyopathy, myofibrillar myopathy (MFM) zaspopathies

FHL1 (four and a half LIM domain protein)
X-linked myopathy with postural muscle atrophy (XMPMA), scapuloperoneal
(SP), reducing body myopathy (RBM)

Cypher (Zasp, Oracle) Cardiomyopathy, MFM

Desmin (Z-disc related) Multiple

Nebulin/Nebulette Nemaline myopathy

Myotilin LGMD, MFM, myotilinopathy

BAG3 Cardiomyopathy, MFM

Titin (Z-disc)∗ Cardiomyopathy (titinopathies)

Z-disc protein mutations cause a wide spectrum of diseases, which may be called “Z-discopathies”. Titin mutation itself cause a broad spectrum of diseases
(here we refer only to mutations affecting the Z-disc). The term cardiomyopathy includes at least HCM and DCM, other types of heart failure such as
arrhythmogenic right ventricular myopathy.
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Muscular
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Desmin
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Figure 1: The sarcomeric Z-disc—multiple functions and links to maladaptation. The figure links various functions and structural aspects
to maladaptation and disease, such as mutations in Z-disc proteins which are linked to different diseases. Defects in mechanosensation and
mechanotransduction are linked to Z-disc mediated autophagy and UPS which in turn are linked to skeletal and cardiac muscle disease.
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striated-muscle-specific protein with a unique β-sheet struc-
ture. This protein, with unknown homologue genes, binds
in an antiparallel (2 : 1) sandwich complex at the periphery
of the sarcomeric Z-disc to the titin Z1-Z2 domains and
essentially “glues” together the N-termini of two adjacent
titin molecules [2]. This interaction represents also the
strongest protein-protein interaction observed to date [34].
In this regard, it will be interesting to analyze telethonin’s
function during biomechanical stress. Telethonin is an in
vitro substrate of titin kinase, an interaction thought to be
critical during myofibril growth [35], and the protein also
can be phosphorylated by protein kinase D (PKD) which
might link telethonin to the regulation of G-protein-coupled
receptor (GPCR) signalling [36].

Telethonin interacts also with a wide variety of additional
and very different proteins, such as ankyrin repeat protein
2, small ankyrin 1 (a transmembrane protein of the sar-
coplasmic reticulum) [37], minK, a potassium channel β-
subunit, as well as with sodium channels such as Nav1.5 [38,
39]. Interestingly, the interaction with mink indicates a link
between telethonin and the t-tubular system, a connection
also observed in a telethonin-deficient zebrafish model [40].
However, the precise interplay between telethonin and the t-
tubular system needs to be elucidated.

In addition, telethonin interacts with MDM2 and muscle
ring fingers 1/2 (MuRF1/2) [41, 42]—E3 ubiquitin ligases
strongly impacting cardiac protein turnover. It remains to
be elucidated which telethonin domains are involved in the
interaction with MuRF 1/2 and whether mutations affect the
degradation process of telethonin. It might well be that some
telethonin mutations may lead to forms of proteinopathies,
which are characterized by aggresome formation, autophagy,
and apoptosis (see next chapter).

Moreover, telethonin may participate in the regulation of
myocardial hypertrophy by interacting with calsarcin-1 (also
known as FATZ-2 or myozenin-2) [43], which is a mediator
of calcineurin activity. Telethonin interacts with, as well as
regulates, the secretion of myostatin, an important negative
regulator of muscle growth [44], and interacts with BMP10, a
positive regulator of hypertrophy [45]. Therefore, telethonin
is well suited to influence the delicate balance between at-
rophy and hypertrophy or myocardial remodelling [28].
However, this link needs to be analyzed in more detail. Tel-
ethonin may also affect cell survival by interacting with the
proapoptotic protein Siva [46] and is involved in cardiac
mechanosensation [22].

Nonsense mutations in the telethonin gene are associated
with limb-girdle muscular dystrophy type 2G (LGMD 2G)
[47–49], heterozygous missense mutations, with dilated and
hypertrophic forms of cardiomyopathy [18, 22, 50], as well as
with intestinal pseudoobstruction [39]. However, a recently
discovered telethonin mutation (R76C), found in an indi-
vidual affected by intestinal pseudoobstruction, affected the
Nav1.5 (SCN5A) channel when coexpressed in HEK 293 cells
altering steady-state activation kinetics [39]. Whether this ef-
fect can also be observed in the heart or whether other
telethonin mutations also affect ion channels requires eluci-
dation.

To date it is not at all clear why and how telethonin muta-
tions cause these broad-spectrum diseases. Ion channels, E3
ubiquitin ligases, autophagy, and apoptosis could well play
a role. In this regard, telethonin deficiency in a genetically
altered mouse model is not associated with a spontaneous
cardiac phenotype but leads to severe maladaptation and
heart failure following biomechanical stress. Telethonin in-
teracts with the proapoptotic protein p53 and facilitates its
degradation via MDM2. Loss of telethonin in the presence
of biomechanical stress increases p53 as well as apoptotic cell
death [51]. This novel link might help to explain some of the
pathologies observed in patients affected by mutations in this
gene.

3.4. Integrin-Linked kinase (ILK). ILK has been identified
as an integrin-binding protein and has also been localized
to the sarcomeric Z-disc, but the functionality of its kinase
domain in vivo has recently been questioned [52]. The
ternary complex of ILK, Pinch and Parvin (IPP) interacts
with the cytoplasmic tail of β integrin and couples them
to the actin cytoskeleton. ILK is found at costameres and
has also been localized to the Z-disc area where this protein
interacts with a host of different proteins, including MLP
[26] or c-Src [53]. It has also been implicated in Akt-
mediated survival signalling. An ILK nonsense mutation has
been identified in zebrafish which leads to a “lost contact”
phenotype indicating that cells, particularly endothelial cells
and cardiac myocytes, lose contact with their surrounding
cells. In addition, a human ILK mutation (A262V) has
been described in a DCM patient. This mutation, when
injected into an ILK-deficient zebrafish, did not rescue the
phenotype, while wildtype ILK does. Among other effects,
ILK A262V was also associated with a decrease in capillary
density in human myocardial tissue. By affecting both,
cardiac myocytes and endothelial cells, ILK A262V causes
cardiomyopathy and associated heart failure via a novel
molecular mechanism [54].

3.5. Melusin. Melusin is a muscle-specific protein located at
costameres near the Z-disc, where it binds to the cytoplasmic
domain of β1 integrin [55]. Homozygous deletion of this
gene is not associated with a spontaneous phenotype,
but leads to a reduced left ventricular hypertrophy and a
transition to DCM following transverse aortic constriction
(TAC). More interestingly, deficiency of this protein is not
associated with any loss of sensitivity to humoral factors
such as angiotensin II or phenylephrine in terms of a
myocardial hypertrophic response. Further analysis revealed
that following pressure overload glycogen synthase kinase 3β
(GSK 3β) and Akt phosphorylation were blunted in melusin
deficient hearts [56]. Conversely, melusin overexpression is
protective after TAC [57]. In addition, a search for melusin
mutations in human heart failure patients revealed the
presence of three different genetic variations, but a clear
genotype-phenotype relationship could not be established
[58].

Thus, melusin is an element of the integrin-dependent
cardiac mechanosensor machinery, it may be indispensable
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for adaptive cardiac remodelling, and melusin might serve as
a therapeutic target in heart failure.

3.6. Calsarcin 1 (FATZ2, Myozenin2). The calsarcins have ini-
tially been cloned via their ability to interact with the
protein phosphatase calcineurin, and they are localized to
the Z-disc [59]. Further research showed that calsarcin 1
knock-out animals do not have any spontaneous phenotype,
but, when subjected to biomechanical stress, for example,
TAC, they respond with increased calcineurin activity,
massive hypertrophy, and heart failure, which suggests
that calsarcin1 inhibits calcineurin function [60]. Recently
HCM-associated mutations have been identified in this
gene, making it another candidate gene for cardiomyopathy
[61].

3.7. Four-and-Half-Domain-LIM Proteins 1/2/3 (FHL1/2/3).
This group of proteins contains an amino-terminal zinc
finger/half LIM domain followed by four complete LIM
domains. This arrangement has led to the designation of this
class of proteins as four and a half LIM domain proteins
(FHL). It encompasses currently five different members, of
which FHL 1, 2, and 3 are expressed in striated muscle where
they localize to the sarcomeric Z-disc/I-band area. But they
can also sometimes be found in the nucleus [62]. FHL1
knock-out animals subjected to TAC which undergo pro-
tective remodelling—a favourable outcome. It has been sug-
gested that this protein plays an important role in the mech-
anism of pathological hypertrophy by sensing biomechanical
stress responses via the N2B titin stretch sensor domain. This
initiates changes in the titin- and MAPK-mediated responses
[63]. FHL1, 2, and 3 interact with extracellular-regulated
kinases (Erk), with, particularly, FHL2 as an inhibitor of Erk-
mediated transcriptional events [62].

Human mutations in FHL1 have been identified in pa-
tients affected by X linked myopathy with postural mus-
cle atrophy (XMPMA, probably a form of Emery Drey-
fuss Muscular Dystrophy) [64] and scapuloperoneal (SP)
syndrome [65] as well as in patients with reducing body
myopathy (RBM). The latter is characterized by progressive
muscle weakness and the presence of cytoplasmic aggregates
(“aggresomes”) [66–68]. Aggresomes are inclusion bodies
formed when the cellular degradation machinery, usually
the ubiquitin proteasome system (UPS), is impaired or
overwhelmed. This leads to an accumulation of proteins
for disposal. The aggresomal response can be interpreted
as protective in the presence of a high load of damaged,
abnormal or misfolded protein within the cytoplasm which
fails to be degraded by the UPS and before autophagy
is fully engaged. A careful analysis of these aggregates in
RBM show that they contain a number of different proteins,
such as desmin, ubiquitin, the lysosome-associated protein
LAMP1, and the endoplasmic reticulum chaperone GRP78
[68]. How mutations in FHL1 are precisely linked to these
aggresomes and may be to autophagy remains unclear, but
the presence of E3 ubiquitin ligases at the sarcomeric Z-disc
and the defects observed in this system in RBM link both
together.

3.8. Enigma/Enigma Homologue (ENH)/Cypher Family and
Actinin-Binding LIM Proteins (ALP). The enigma family of
proteins consists of enigma, ENH, and cypher (mouse) (Zasp
(human isoform), Oracle) and is defined by an amino-
terminal PDZ domain as well as by one to three carboxy-
terminal LIM domains [69]. All of them are expressed in
striated muscle and localize to the Z-disc, including enigma
[69], ENH [70], and cypher [71].

The ALP family consists of four proteins, namely, ALP
(PDLIM3), CLP36 (CLIM1, Elfin, PDLIM1), RIL (PDLIM4),
and Mystique (SLIM, PDLIM2), which are all expressed
in the heart. Each member of this family contains an N-
terminal PDZ domain and a C-terminal LIM domain, and
actinin-associated LIM protein (ALP) is also present at the
Z-disc [72].

ENH and enigma [70] and cypher [71] interact with pro-
tein kinase C and influences this important pathway. In con-
trast, ALP is important for actin filament organization
[73]. Most of the genes in these two groups have been
knocked out with striking different phenotypes. For example,
the ALP knock-out mouse develops a pronounced right
ventricular cardiomyopathy, where a developmental pathway
is responsible for this phenotype [72]. In this context, ENH-
deficient animals have recently been generated and develop
a DCM-like phenotype [74]. Cypher is expressed in at
least six different isoforms and plays an essential role in
striated muscle structure and function. Mice homozygous
null for cypher die during the first week because of congenital
myopathy with symptoms that include decreased milk
intake, limb muscle weakness, cyanosis, and cardiomyopathy
[71].

Electron microscopy in these mice revealed severely dis-
organized skeletal and cardiac muscle with discontinuous/
punctuate Z-discs. These findings are somewhat more severe
but similar to defects found in MLP-deficient mice [22, 75].
The fact that homozygous deletion of this gene in animals
leads to neonatal death implies that, although cypher is not
necessary for myofibrillogenesis, it stabilizes Z-discs after the
organism starts to sustain its own cardiovascular system.
Conditional cypher knock-out animals support this conclu-
sion, where deletion of this gene in adult animals also leads
to a severe cardiomyopathy and heart failure phenotype, with
Z-disc defects [76].

Knocking in two different skeletal-muscle-specific iso-
forms to the cypher locus produces partial cardiac rescue,
with animals surviving up to one year [77]. In addition, hu-
man mutations have also been identified in the cypher
(ZASP) gene which produces dilated and or hypertrophic
cardiomyopathy, in left ventricular noncompaction [78–80].
Another set of human mutations has been found in patients
affected by myofibrillar myopathy (MFM), a disorder in
which disintegration of the Z-disc and then of the myofibrils
is followed by abnormal accumulation of multiple proteins
such as desmin, αB crystalline, and dystrophin. Clinically
the disease is characterized by progressive muscle weakness,
often starting or involving distal muscles, but limb girdle and
scapuloperoneal distributions may also occur. Cardiomyopa-
thy and peripheral neuropathy are frequently present. To date
all MFM-causing mutations are present in Z-disk proteins:
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Zasp, BAG3 (please see next chapter), desmin, αB crystalline,
myotilin, and filamin C [81].

The disease causing molecular mechanism for all of the
observed phenotypes, in the knock-out animals or in the
patients, is not well defined. However, it is possible that
the D626N ZASP mutation, which changes the affinity to
PKC, might cause the phenotype via alterations in this
pathway [78]. Beside skeletal muscle and cardiac phenotypes,
ZASP mutations also produce neuropathy, and; hence, the
spectrum of phenotypes caused by mutations in this gene
has been called zaspopathies [82]. (For an excellent review
on this topic, please see [83].)

3.9. Bcl2-Associated Athanogene (BAG3). Bcl2-associated
athanogene (BAG) family proteins belong to an evolutionary
conserved group of Hsp70/HSC70 binding cochaperones
with up to six different members. They all contain a
conserved carboxy-terminal Hsp70/HSC70-binding domain
but differ significantly in their amino-terminal architecture,
which points to different functions of different family
members in cell biology. BAG3 is localized to the sarcomeric
Z-disc, and BAG3-deficient animals are born in the expected
Mendelian ratios, undistinguishable from wild-type litter-
mates within the first days after birth but develop, during
the first and second weeks, severe skeletal and cardiac muscle
pathologies characterized by myofibrillar degeneration and
apoptosis which leads to death at the age of 4 weeks [84].
In addition, human mutations in BAG3 have been found in
patients affected by MFM (please see above) [85], and proba-
bly, most importantly, BAG3 recently has been identified as a
novel significant candidate gene for human cardiomyopathy
and associated heart failure in large genome-wide association
studies (GWA) [86, 87].

3.10. Myotilin. Myotilin is a 57 kDa cytoskeletal protein,
localized to the sarcomeric Z-disc and important for the
stability of thin filaments during muscle contraction. It binds
F-actin, crosslinks actin filaments, and prevents latrunculin
A-induced filament disassembly. Mutations in this gene have
been associated with limb-girdle muscular dystrophy and
myofibrillar myopathies (“myotilinopathies”). Von Nandel-
stadh and coworkers [88] analyzed the molecular mecha-
nisms underlying myotilinopathies and found at least two
different calpain cleavage sites in myotilin and that the pro-
tein is degraded by the UPS. It turned out that proteolysis
inhibitor induced reduction in myotilin protein turnover,
which results in formation of intracellular myotilin and
actin-containing aggregates which are similar to the aggre-
gates observed in MFM. Moreover, myotilinopathy causing-
mutations prevent or at least significantly slow down myo-
tilin protein degradation.

3.11. Alpha-B Crystalline and HSPB7. Alpha crystallins are
composed of two gene products: alpha-A and alpha-B (for
acidic and basic). Alpha crystallins can be induced by heat
shock and are members of the small heat shock protein
(sHSP or HSP20) family. They act as molecular chaperones,
but they do not renature proteins and release them in

the fashion of a true chaperone, instead they hold them
in large soluble aggregates, and posttranslational modifi-
cations decrease their ability to chaperone. Two additional
functions of alpha crystallins are an autokinase activity and
participation in the intracellular architecture. Alpha-A and
alpha-B gene products are differentially expressed: alpha-A is
preferentially restricted to the lens, and alpha-B is expressed
widely in many tissues and organs and particularly in the
heart. Alpha-B crystallin interacts with desmin, vimentin,
and actin and is localized to the Z-disc [89, 90]. Moreover,
elevated expression of alpha-B crystallin occurs in many neu-
rological diseases and a missense mutation cosegregated in
a family with a desmin-related myopathy [91]. Particularly,
the R120G alpha-B crystallin mutation has been analyzed in
great detail and increases autophagy in a transgenic mouse
model. Autophagy is likely to be an adaptive response to an
increase in misfolded proteins, and p62 promotes aggresome
formation and autophagy which protects cardiac myocytes
against proteotoxic stress [92].

HSPB7 or cardiovascular heat shock protein (cvHSP) is a
170 amino acid protein with high expression in myocardium.
The mRNA is induced in monocrotaline-induced right ven-
tricular hypertrophy but downregulated in left ventricular
hypertrophy following TAC. Moreover, the protein interacts
with alpha filamin and with actin-binding protein 280 [93]
and has been found to colocalize with alpha-B crystallin
[94]. However, recently a variety of different GWAs pointed
to HSPB7 as an important novel candidate gene for DCM
[87, 95–97].

3.12. Desmin. Desmin, which is muscle-specific expressed,
belongs together with vimentin and lamin A/C to the inter-
mediate filaments (IF), a group of related proteins that share
common structural and sequence features, such as the central
alpha helical rod and amino-terminal as well as carboxy-
terminal globular domains. Desmin is a major IF and present
in almost every cell type. In cardiac myocytes desmin con-
nects desmosomes not only with the Z-disc but also with
other organelles. Mutations in this gene cause a variety of
cardiac diseases (beside the above-discussed MFM). These
include desmin-related myopathy [98, 99], limb-girdle mus-
cular dystrophy [100]. They also cause several cardiomy-
opathies such as dilated cardiomyopathy (DCM) [101],
arrhythmogenic right-ventricular cardiomyopathy (ARVC)
[102], cardiomyopathy with advanced AV block and arrhyth-
mia [103], familial restrictive cardiomyopathy [104], and
DCM with conduction system defects [105]. Desmin inter-
acts with a variety of proteins, and, because it is elastic, it can
sense deformation in a cellular structure. It has been linked
directly to mechanosensation [106] and might well have a
function via the “tensegration” of the intracellular cytoskele-
tal network; that is, its elasticity may cause a conformational
change in response to any type of mechanical stimulation.

3.13. Nebulin/Nebulette. Nebulin is a giant 600–900 kDa fila-
mentous protein present in skeletal muscle whereas the much
shorter 100 kDa-related nebulette is present in cardiac tissue.
Nebulin/nebulette run along actin filaments, and patients
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with mutations in nebulin develop nemaline myopathy,
which is characterized by weakness, hypotonia, and de-
pressed or absent deep tendon reflexes. Interestingly two
different nebulin knock-out mouse models recapitulate all
major features of this disease and are available for further
analysis [107, 108]. (For an elegant recent review on nebulin,
please see [109].)

3.14. Phosphatases (Calcineurin/PPP3CA): Protein Kinases
(PKC). Calcineurin is a heterodimer of a 58 to 64 kDa cat-
alytic subunit, comprising calcineurin A and a 19 kDa reg-
ulatory subunit, calcineurin B, and is well known to be one
of the major four Ser/Thr phosphatases found in eukaryotic
cells implicated in the control of cardiac hypertrophy as
well as associated heart failure [110]. Numerous articles
have pointed to the importance of this phosphatase, which
dephosphorylates nuclear factor activated T-cells (NFAT),
enables nuclear translocation of this transcription factor, and
initiates changes in gene expression, which in the majority
of cases leads to hypertrophy and associated heart failure.
Within the scope of this paper it is impossible to review com-
pletely the importance of calcineurin; however, it colocalizes
with MLP at the sarcomeric Z-disc, and MLP is necessary for
calcineurin activation [21].

Protein kinase C (PKC) belongs to a large family of ser-
ine/threonine kinases with at least 12 different members and
plays major roles in cardiac physiology in mediating hyper-
trophy and remodelling. They are classically subdivided into
three groups: (i) classical calcium sensitive (�, β I, β II, γ), (ii)
novel isoforms which lack the calcium sensitive C2 domain
(�, �, �, θ), (iii) atypical isoforms (ζ , λ murine-ι in human)
which cannot be activated by calcium, diacylglycerol, or by
phorbol esters (reviewed in [111]). In particular, PKCε is
localized to the Z-disc [112] and it translocates to the nucleus
upon biomechanical stress (on TAC) [113], where this kinase
most probably elicits a physiological type of hypertrophy
or at least exerts protective functions [114]. This view is
supported by transgenic over-expression of a constitutive
active PKCε in a mouse model where concentric hypertrophy
but not heart failure was observed [115].

In this context, protein kinase D (PKD) translocates to
the Z-disc in response to GPCR stimulation via norepineph-
rine, angiotensin II, and endothelin 1 and is activated via
forming a complex with PKCε—an effect particularly impor-
tant after α adrenergic receptor triggered hypertrophy, where
PKCε-mediated PKD activation was essential [116]. This
type of hypertrophy might be antagonized by the MuRF1,
which is present at the sarcomeric Z-disc and which inhibits
PKCε [117].

3.15. Protein Degradation (Muscle Ring Fingers—MuRF):
Calpain. Protein degradations via the UPS and via different
autophagy pathways are important processes in cardiac bi-
ology. The UPS recognizes specific proteins and places pol-
yubiquitin chains on them for subsequent destruction by the
proteasome. This process is important not only for misfolded
and damaged proteins, but also in regulating a variety of
different cell signalling pathways involved in proliferation,

adaptation to stress, regulation of atrophy/hypertrophy-my-
ocardial remodelling, sarcopenia, and cell survival. However,
the UPS may also exert protective functions during ischemia/
reperfusion or during myocardial remodelling. Some ubiq-
uitinated proteins aggregate and cannot be degraded via the
UPS, in which case cytosolic receptors such as p62, NBR,
and histone deacetylase 6 recognize aggregated ubiquitinated
proteins and target them for autophagy (for excellent recent
reviews, please see [118–120]). Here, because of limited
space, we just point out that E3 ubiquitin ligases MuRF1
and MuRF3 are localized to the sarcomeric Z-disc [121, 122]
in addition to atrogin 1, which mediates calcineurin degra-
dation and might also have major implications for cardiac
function [123]. Interestingly, MuRFs interact with serum
response factor and seem to play a major role in the initiation
of myocardial hypertrophy [124], and particularly MuRF1
may have additional functions in muscle fatigue and twitch
potentiation [125].

In addition, calpain 1, which is an important protease
particularly for the selective degradation of cell cycle com-
ponents and for the regulation of apoptosis (together with
caspases) and for the cleavage of cell membrane-cytoskeleton
components, has also been shown to colocalize with myotilin
at the sarcomeric Z-disc [126].

3.16. Transcription Factors and Mitogen-Activated Protein
Kinases (MAPK). The sarcomeric Z-disc harbours a number
of important transcription factors, such as NFAT, which is
a target of the phosphatase calcineurin and which has been
implicated in the onset of maladaptive myocardial hypertro-
phy. Another example is clock, a helix loop helix transcrip-
tion factor involved in the circadian regulation of myocardial
function. The protein localizes to the Z-disc and increases its
expression as well as translocating into the nucleus upon an
increase in contractility. It also decreases its expression on
loss of contractility. It has been suggested that this protein
links glucose and fatty acid metabolism to myofilament
crossbridge activity [127]. In addition, MLP, telethonin and,
FHL proteins shuttle into the nucleus, where they function
as cofactors of transcription [62, 128, 129] and/or affect p53
[51]. It has also become clear that a variety of MAPKs such as
Erk2 and p38 converge at the sarcomeric Z-disc/I-band area
and interact with FHL1 and 2 among others [62, 63, 130].

In conclusion, the sarcomeric Z-disc may well act as a
central structure linking myofilament activity, mechanosen-
sation, mechanotransduction, and transcriptional activity,
an effect which may be called Z-disc mechanotranscriptional
coupling.

4. Summary

The sarcomeric Z-disc, barely detectable in conventional
light microscopy, is a far more complex structure than ini-
tially recognised. Novel protein/protein interaction discovery
strategies have led to the identification of a variety of novel
Z-disc proteins which also led to the discovery of novel func-
tional aspects. The Z-disc is not only important for mechan-
ical stability and force transmission but also for signalling,
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mechanosensation, mechanotransduction, apoptosis, and
cell survival. The sarcomeric Z-disc might also be important
for protein turnover via the UPS and autophagy and has
molecular links to the t-tubular system as well as to the
sarcoplasmic reticulum. Links to energy turnover point to
additional important but less well-studied aspects. It is
important to stress that proteins localized at the sarcomeric
Z-disc might also be present at other locations such as
the nucleus, and, for a variety of different Z-disc proteins,
nuclear shuttling has been demonstrated (for an excellent
review see: [131]). Mutations in Z-disc genes give rise to Z-
discopathies, a heterogenous group of diseases encompassing
various cardiomyopathies such as DCM, HCM, ARVC,
titinopathies, zaspopathies, myotilinopathies, myofibrillar
myopathy, and muscular dystrophies such as the LGMD
and XMPMA (please see table and figure). Next generation
sequencing is expected to significantly speed up the mutation
discovery process, and we can expect that within the next
few years a variety of novel mutations located in Z-disc
genes will be discovered. This will probably lead to the
identification of novel and so far unknown Z-discopathies
and may also lead to a better understanding of the underlying
molecular mechanism as well as to the development of novel
therapeutic strategies.

Moreover, most probably because of the numerous dif-
ferent functions carried by various genetic Z-disc protein
mutations, this could lead to perturbations in a vast array
of different systems, and the sarcomeric Z-disc is becoming a
“hotspot” for cardiomyopathy-causing mutations [18].

It is possible to define central or core Z-disc proteins such
as α actinin which serve probably primarily a mechanical
function. Another set of proteins may be called transversal
or partial Z-disc proteins such as titin, nebulin, or actin
which may serve a mechanical function as well but which
may have additional implications, for example, in signal
transduction, contractility, relaxation, and passive elasticity.
In addition, peripheral Z-disc proteins such as telethonin,
calsarcin, calcineurin, and MLP may be important for cell
signalling, communication, and survival. These proteins can
be found at various locations such as the nucleus, costameres,
intercalated discs, M-lines, I-bands, and the cytoplasm.

4.1. Future Directions. Future research needs to focus on
the link between the sarcomeric Z-disc (probably via MLP),
acetylation/deacetylation, and calcium sensitivity. To date a
clear genotype-phenotype relationship is not possible for
cardiomyopathy and heart-failure-causing mutations. More
effort has to be invested in analyzing the relationship between
a mutation, its effects on protein function (i.e., poison
peptide?), and its effects on protein metabolism in general
(i.e., proteinopathy). The link between mechanosensation,
mechanotransduction, and apoptosis as well as autophagy
needs more investigation. In addition, telethonin might
link the sarcomeric Z-disc to the t-tubular system, to the
sarcoplasmic reticulum, and directly to apoptosis—these
links should be exploited for development of novel thera-
peutic strategies to combat heart failure, an otherwise lethal
condition.

The link between the sarcomeric Z-disc, gene expression,
and cell survival, which can be called Z-disc transcriptional
coupling, as well as the link between mechanical activity
and apoptosis (mechanoptosis) can probably be exploited for
novel therapeutic strategies [51].

Finally, Z-disc biology is an exciting newly emerging field
and will certainly provide important stimuli for biology and
physiology.

Abbreviations

ARVC: Arrhythmogenic right ventricular
cardiomyopathy

DCM: Dilated cardiomyopathy
GPCR: G-protein-coupled receptor
HCM: Hypertrophic cardiomyopathy
IF: Intermediate filament
LGMD: Limb-girdle muscular dystrophy
LIM: Lin11, Isl 1, and Mec 3 motive
PKC/D: Protein kinase C/D
RBM: Reducing body myopathy
SP: Scapuloperoneal
TAC: Transverse aortic constriction
UPS: Ubiquitin proteasome system
XMPMA: X-linked myopathy with postural muscle

atrophy.
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[51] R. Knöll, W. A. Linke, P. Zou et al., “Telethonin deficiency is
associated with maladaptation to biomechanical stress in the
mammalian heart,” Circulation Research, vol. 109, no. 7, pp.
758–769, 2011.

[52] A. Lange, S. A. Wickstrom, M. Jakobson, R. Zent, K. Sainio,
and R. Fassler, “Integrin-linked kinase is an adaptor with
essential functions during mouse development,” Nature, vol.
461, no. 7266, pp. 1002–1006, 2009.

[53] Y. B. Kim, S. Choi, M. C. Choi et al., “Cell adhesion-
dependent cofilin serine 3 phosphorylation by the integrin-
linked kinase·c-Src complex,” Journal of Biological Chemistry,
vol. 283, no. 15, pp. 10089–10096, 2008.
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Efficient striated muscle contraction requires precise assembly and regulation of diverse actin filament systems, most notably the
sarcomeric thin filaments of the contractile apparatus. By capping the pointed ends of actin filaments, tropomodulins (Tmods)
regulate actin filament assembly, lengths, and stability. Here, we explore the current understanding of the expression patterns,
localizations, and functions of Tmods in both cardiac and skeletal muscle. We first describe the mechanisms by which Tmods
regulate myofibril assembly and thin filament lengths, as well as the roles of closely related Tmod family variants, the leiomodins
(Lmods), in these processes. We also discuss emerging functions for Tmods in the sarcoplasmic reticulum. This paper provides
abundant evidence that Tmods are key structural regulators of striated muscle cytoarchitecture and physiology.

1. Introduction

Striated muscle cells are composed of densely packed
myofibrils, which are, in turn, composed of large numbers of
sarcomeres that repeat in series. In sarcomeres, actin (thin)
filaments slide past myosin (thick) filaments to produce sar-
comere shortening and, thus, contractile force. The precise
temporal and spatial orchestration of actin filament assembly
and architecture is critical for muscle contractile function
[1–3]. Notably, precise regulation of actin filament lengths
is a key feature of striated muscle sarcomeres and confers
muscle-specific biomechanical and contractile properties
(sarcomere length-tension relationships) [4–6]. Such finely
tuned actin assembly is made possible by the regulatory
actions of actin-binding proteins. While a host of proteins are
known to nucleate filament assembly, cap the fast-growing
(barbed) ends of actin filaments, or bind along the sides of
filaments, only the tropomodulin (Tmod) family of proteins
caps the slow-growing (pointed) filament ends [7–12].
Tmods (∼40 kDa) are present in all metazoans, including
flies and worms [13–15], with four Tmod isoforms expressed
in mammalian cells; Tmod1 is predominantly expressed in
terminally differentiated, postmitotic cells (such as erythro-
cytes, lens fiber cells, neurons, and striated muscle), Tmod2

is in neuronal tissues, Tmod3 is nearly ubiquitous, and
Tmod4 is restricted to skeletal muscle fibers [16–26]. Thus,
the Tmod isoforms relevant to actin filament regulation
in mammalian striated muscles are Tmod1, Tmod3, and
Tmod4. Tmods are dynamic caps that inhibit actin monomer
association and dissociation from actin filament pointed
ends [12, 27–30]; for a review, see [8]. Tmods also bind the
terminal tropomyosins (TMs) of TM-coated actin filaments,
and, through TM-isoform-specific binding [16–18, 31–39],
they regulate the tightness of actin filament pointed-end
capping and, thus, actin filament stability and lengths [12,
15, 19, 30, 36, 37, 40–42]; for reviews, see [1, 8, 43]. Aside
from their pointed-end capping activities, some Tmods also
possess actin monomer-binding and nucleation activities
[40, 44, 45]. In addition to Tmods, striated muscles also
contain leiomodin2 (Lmod2), a larger Tmod family variant
(∼65 kDa) with a potent actin-nucleating activity that can
be regulated by TM [21, 46]. It is also noteworthy that the
closely related Lmod1, which is predominantly expressed
in smooth muscles, is additionally present in a subset of
extraocular striated muscle fibers [47, 48].

The amino acid sequences of Tmods share ∼80%
similarity, and Tmods share a common domain structure
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Figure 1: Schematic of the molecular sequence and domain organization of Tmods and Lmods found in vertebrate striated muscle. Tmods
contain an N-terminal TM-Cap domain and a C-terminal LRR-Cap domain, whose α-helices possess distinct combinations of TM-binding
and actin-regulatory activities, as shown. The α-helices are numbered sequentially within each domain, and the NES and NLS of Tmods
are highlighted. Lmods also contain a C-terminal extension with a polyproline region, two predicted α-helices, a basic region, and a WH2
domain.

with two major domains: an unstructured and extended N-
terminal half, the TM/pointed-end actin capping (TM-Cap)
domain, and a compactly folded C-terminal half, the leucine-
rich repeat/pointed-end actin capping (LRR-Cap) domain
(Figure 1). The N-terminal TM-Cap domain is disordered
in solution [32, 49–51], except for one α-helix (residues
24–35), which provides the first TM-binding site, and two
downstream predicted α-helices (residues 65–75 and 126–
135), which bind actin or provide the second TM-binding
site, respectively [22, 34, 36–39, 42, 45, 51–53] (Figure 1).
The C-terminal LRR-Cap domain of Tmods consists of a
series of five leucine-rich repeats (LRRs) that are composed
of tandem repeats of a parallel α-helix/β-sheet pair, followed
by a nonhomologous C-terminal α-helix (α6) and C-
terminal tail, which, together, provide an actin pointed-end
capping site [40, 54–56] (Figure 1). Tmod’s TM-Cap is the
unique TM-regulated actin pointed-end capping domain of
the Tmod family, with TM enhancing the capping activity
of the TM-Cap domain several thousand-fold [12, 30, 36–
38, 40, 42]. On the other hand, Tmod’s LRR-Cap domain
provides a unique actin pointed-end capping domain for
TM-free actin filaments [40, 54, 56]. The TM-Cap domain
can also bind actin monomers, and the TM-Cap and the
LRR-Cap domains are both required for actin nucleation
[44, 45]. These distinct actin-regulatory activities of the TM-
Cap and LRR-Cap domains and their constituent α-helices,
with respect to monomer-binding, filament capping, and
filament nucleation [40, 42, 44, 45] (Figure 1), impart Tmods
with isoform-specific actin-regulatory functions. Lmod1 and
Lmod2 contain the α1- and α2-helices, but not the α3-helix,
of the TM-Cap domain, as well as the complete LRR-Cap
domain of Tmods, followed by a nonhomologous, ∼150-
residue-long C-terminal extension [21, 46]. This extension
contains a polyproline region, two predicted α-helices, a
basic region, and a WASP homology 2 (WH2) domain,
which, in Lmod2, imparts strong actin-nucleating activity
[46] (Figure 1).

Tmod family members play important roles in myofibril
assembly and thin filament length regulation and are essen-
tial for striated muscle development and contractile function
in both vertebrates and invertebrates. Tmod1 (possibly in

combination with Lmod2 [46, 57, 58]) caps the pointed
ends of the sarcomeric thin filaments in cardiac muscle,
whereas a combination of Tmod1 and/or Tmod4 caps thin
filament pointed ends in skeletal muscle [11, 19, 31, 59–
62] (Table 1, Figures 2 and 3). The relative proportions
of Tmod1 and Tmod4 in skeletal muscle have not been
measured directly but may depend on the muscle twitch
speed, with Tmod4 predominating in fast skeletal muscle in
chickens [19]. By contrast, Tmod3 is normally not associated
with the sarcomeric thin filaments but, instead, appears to
cap and stabilize cytoplasmic (nonmuscle) γ-actin filaments
in the sarcoplasmic reticulum (SR) of skeletal muscle [63]
(Table 1, Figure 3). In mice, an SR-associated (or T-tubule)
compartment flanking the Z-line also contains Tmod1 and
Tmod4 [63]. Tmod1 is also associated with costameric α2-
spectrin at the sarcolemma of fast chicken skeletal muscle
fibers [19] (Table 1). Two recent reviews have discussed the
roles of Tmods in regulating actin dynamics in myofibril
assembly and thin filament length regulation in some detail
[1, 64]. Therefore, in this paper, we will cover areas that have
not been previously discussed and emphasize new and recent
discoveries.

2. Tmods in Muscle Development and
Myofibril Assembly

Tmod1 is one of the earliest sarcomeric proteins expressed
during the development of cardiac and skeletal muscle,
matching the expression patterns of the basic structural com-
ponents of sarcomeres. During mouse embryonic develop-
ment, Tmod1 mRNA and protein are first detected at E8.0 in
the developing heart tube as well as in the blood islands of the
yolk sac [23, 59, 68], coinciding with sarcomeric α-actinin
and α-myosin heavy chain (α-MHC) expression [59, 65,
73]. Tmod1 persists throughout mouse heart development,
with expression especially high in the atrium and lower in
the ventricle at E15.5 in mid-gestation [65], similar to α-
MHC expression [73]. In chicken heart development, Tmod1
transcripts are expressed at Hamburger-Hamilton stage 11
in the looping heart tube, earlier than those of Lmod2 [58],
and Tmod1 protein is detected coordinately with cardiac
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Table 1: Expression and localization of Tmods and Lmods in striated muscle.

Protein Striated muscle expression Localization in striated muscle References

Tmod1 Cardiac and skeletal muscle
Thin filament pointed ends [11, 28, 31, 59, 60, 62, 65–67]

SR- or T-tubule-associated
compartment∗

[63]

Sarcolemma [19]

Tmod3 Cardiac and skeletal muscle SR∗∗ [63]

Tmod4 Skeletal muscle
Thin filament pointed ends [19, 31]

SR- or T-tubule-associated
compartment

[63]

Lmod1 Slow extraocular muscle fibers A-band [47]

Lmod2 Cardiac muscle
Thin filament pointed ends [46, 57, 58]

A-band [57]
∗

To date, the putative SR-associated or T-tubule localization of Tmod1 has only been observed in skeletal muscle.
∗∗Tmod3 is expressed ubiquitously, including in cardiac muscle [20, 21], but Tmod3 expression levels and localization in mature cardiomyocytes are
uncertain, because Tmod3 is abundant in endothelial cells in all tissues [27].
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Figure 2: Immunofluorescence localization of Tmods in skeletal muscle. Panels depict longitudinal cryosections of mouse tibialis anterior
muscle immunostained for (a) Tmod1, (b) Tmod3, or (c) Tmod4, phalloidin-stained for F-actin, and imaged by confocal microscopy,
prepared as in [31, 63]. Note the predominant localization of Tmod1 and Tmod4 at the pointed ends of the phalloidin-stained thin filaments.
Tmod1 and Tmod4 also exhibit Z-line-flanking localizations, corresponding to an SR- or T-tubule-associated compartment. By contrast, the
M-line and Z-line-flanking localization of Tmod3 is a signature of the SR [63]. Z, Z-line; M, M-line; P, thin filament pointed ends. Bars,
1 μm.

actin and myosin in cardiomyocytes differentiating from
explants of precardiac mesoderm [74]. In mouse skeletal
muscle development, Tmod1 mRNA is first detected in the
developing somites at E9.5, progressing in a caudal-to-rostral
fashion during embryonic development, resembling the
expression patterns of α-MHC and other sarcomeric proteins
[23, 59]. By E14.5-15.5, Tmod1 mRNA and protein are
abundant in the developing skeletal muscles of the trunk and
limbs, as well as the diaphragm [23, 31]. In chickens, Tmod1
mRNA and protein are expressed in embryonic skeletal
muscle at 12 and 18 days of development, while Tmod4
mRNA and protein are not expressed in skeletal muscle
until after hatching [19]. The timing and patterns of Tmod3
and Tmod4 mRNA expression during mammalian muscle
development have not been investigated although Tmod3
and Tmod4 proteins are detected at E15.5 in developing
mouse hindlimb and back muscles [31]. Thus, in summary,

Tmod1 expression patterns are consistent with the notion
that Tmod1 is an integral structural component of the
sarcomeric contractile machinery in both cardiac and skeletal
muscle.

To understand how sarcomeric actin filament (thin
filament) assembly and lengths are coordinated with the
precisely orchestrated spatiotemporal assembly of myofibril
components during development, Tmod1 assembly into
myofibrils has been studied in the developing embryonic
mouse and chick heart and in cultured cardiomyocytes. In
the developing mouse heart, Tmod1 associates with nascent
myofibrils containing nonstriated actin (i.e., with unreg-
ulated lengths) during initial stages of myofibrillogenesis
and gradually becomes striated coordinately with actin, as
myofibrils mature and precise thin filament lengths are spec-
ified [59] (R. B. Nowak and V. M. Fowler, unpublished data).
This mirrors the results of experiments on cultured chick
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of γ-actin, nonmuscle TMs, and Tmod3 are anchored to the SR membrane via sAnk1.5 and laterally connected by a spectrin network.
Tmod3/nonmuscle TM/γ-actin filaments are connected to myofibrils via Tmod3 binding to sAnk1.5, which links to obscurin, which, in
turn, is linked to myomesin and titin at the M-line. To date, Tmod3’s localization with respect to the cardiac SR remains undetermined. Note
that for clarity, the thick filaments are not drawn to scale with respect to the thin filaments.

skeletal myotubes, in which Tmod1 assembles into puncta
in nascent myofibrils in lamellipodial extensions containing
nonstriated actin early in myofibrillogenesis and gradually
becomes striated along with actin as myofibrils mature [61].
By contrast, in whole-mount preparations of embryonic
chicken hearts, in chick cardiac mesoderm explants, and in
developing axolotl hearts, Tmod1 localizes to puncta at the
cell membrane, where myofibril assembly is initiated early
in development, but as myofibrillogenesis nears completion
later in development, thin filaments appear to become
striated (i.e., length-regulated) prior to capping by Tmod1
[66, 67, 74]. Similarly, in embryonic chick cardiomyocyte
cultures, Tmod1 assembles onto thin filaments after TM and
all other major sarcomeric proteins have assembled, and
after actin becomes striated, suggesting that Tmod1 capping
is not required for thin filament length regulation during
myofibril assembly [60]. These differences in the timing of
Tmod1 assembly are not explained by variations in Tmod
isoforms, because Tmod1 caps the thin filament pointed

ends in all of these systems [19, 59, 61, 66, 67, 74]. Instead,
alterations in Tmod1 conformation and epitope accessibility
at various stages of myofibril assembly may play a role,
because a Tmod1 polyclonal antibody or a Tmod1 mono-
clonal antibody (mAb95) detects Tmod1 in nonstriated actin
structures at the membrane and in mature striated myofibrils
in embryonic chicken hearts, skeletal myotubes, and axolotl
hearts [61, 66, 67, 74], whereas another antibody, mAb9,
did not detect any Tmod1 associated with nonstriated actin
structures near cell membranes in either chick or axolotl
hearts [66, 67]. Since mAb9 binds to the actin-capping site
in the LRR-Cap domain of Tmod1 [28, 40], Tmod1’s actin-
capping activity at thin filament pointed ends may vary
during myofibril assembly, thus masking or revealing this
epitope. Based on these studies, Tmod1 may have an early
function in regulating actin pointed-end dynamics in the
initial stages of myofibril assembly at the membrane and a
later function in maintaining thin filament lengths in mature
myofibrils [60, 65, 66].
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Table 2: Summary of myofibril assembly and thin filament length phenotypes in Tmod1 perturbation experiments.

Perturbation Model system Experimental strategy Resulting phenotype References

Reduced Tmod1 levels

Mouse embryonic heart Gene knockout
Myofibril disorganization,
nonstriated actin

[59, 65, 68]

Mouse embryonic stem
cells

Gene knockout
Myofibril disorganization,
nonstriated actin

[69]

Mouse skeletal muscle Gene knockout No effect∗ [31]

Rat cardiomyocytes Antisense cDNA expression
Thin filament elongation,
nonstriated actin

[70]

Drosophila primary muscle
cells∗∗

RNAi knockdown
Sarcomere length
irregularity, thin filament
elongation

[71]

C. elegans body wall
muscle∗∗∗

RNAi knockdown,
unc94/tmd-1 mutant alleles

Myofibril disorganization,
nonstriated actin, myofibril
attachment defects

[14, 15]

Inhibition of Tmod1
function

Chick cardiomyocytes
Antibody inhibition of
actin capping

Thin filament elongation,
nonstriated actin

[28]

Chick cardiomyocytes
Antibody inhibition of TM
binding

Thin filament disassembly [41]

Tmod1 overexpression

Chick cardiomyocytes cDNA expression Thin filament shortening [29]

Rat cardiomyocytes cDNA expression
Myofibril disorganization,
thin filament shortening

[70]

Adult mouse heart
α-Myosin heavy chain
promoter-driven Tmod1
transgene

Myofibril disorganization,
thin filament shortening,
intercalated disc defects

[72]

Drosophila indirect flight
muscle∗∗

HSP-90-driven Tmod
transgene

Thin filament shortening [13]

Drosophila primary muscle
cells∗∗

Dmef-GAL4, UAS-Tmod
transgene

Thin filament shortening [71]

∗
No myofibril assembly or thin filament length alterations occur in Tmod1-null mouse skeletal muscle, but extrasarcomeric SR defects do occur due to Tmod3

translocation from the SR to the thin filament pointed ends.
∗∗Drosophila Tmod was knocked down or overexpressed.
∗∗∗C. elegans UNC94/TMD-1 was knocked down or overexpressed.

An essential requirement for Tmod1 in cardiac devel-
opment and myofibril assembly is demonstrated by the
phenotype of Tmod1-null mice [59, 68] (Table 2). Deletion
of Tmod1 is embryonic-lethal, with Tmod1-null embryos
appearing morphologically normal through E7.5 but exhibit-
ing defects in cardiac looping morphogenesis, chamber
formation, and myofibrillogenesis by E8.5, which result in
aborted establishment of the circulation and death by E9.5-
10.5 [59, 65, 68]. The primary defect of Tmod1-null mice is
in the myocardium, because cardiomyocyte-specific expres-
sion of Tmod1, via a Tmod1 transgene expressed using an α-
MHC promoter, can completely reverse essentially all of the
pathological phenotypes observed in the Tmod1-null mouse,
including the cardiac looping defect, aberrant myofibril
assembly, defects in yolk sac vasculogenesis, and embryonic
lethality [65]. In the absence of Tmod1, myofibrils in the
developing mouse heart are unable to mature from primitive
I-Z-I bodies with nonstriated actin, resulting in incompletely
assembled thin filaments and impaired contractility [59, 65,
68]. However, these results are distinct from an in vitro model
of myofibril assembly in cardiomyocytes differentiating
from mouse embryonic stem cells in Tmod1-null embryoid

bodies, where occasional thin and wispy myofibrils do
assemble with regulated thin filament lengths [69]. Similar
to the Tmod1-null embryonic heart, contractility is also
impaired in this in vitro model, due to reduced numbers and
defective maturation of myofibrils and cardiomyocytes [69].
The unexpected presence of some myofibrils with regulated
thin filament lengths in absence of Tmod1 is unlikely to
be due to compensation by Tmod4, since Tmod4 mRNA
is not expressed in the embryonic stem cells or embryoid
bodies [69]. However, Tmod3 mRNA is present, and while
Tmod3 mRNA levels are unchanged upon deletion of Tmod1
[69], Tmod3 protein may have assembled onto the thin
filament pointed ends, structurally compensating for absence
of Tmod1, similar to compensation by Tmod3 protein in
Tmod1-null skeletal muscles [31].

In contrast to cardiac muscle, deletion of Tmod1 from
mouse skeletal muscle does not appear to affect skeletal mus-
cle development or myofibril assembly in vivo [31] (Table 2).
This is most likely due to the additional presence of Tmod4
at the thin filament pointed ends, which may protect embry-
onic skeletal muscles from the myofibril assembly defects
observed in Tmod1-deficient cardiac myofibrils (Figures 2
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and 3). In addition, in adult Tmod1-null muscles, Tmod3
translocates from extrasarcomeric sites to cap thin filament
pointed ends together with Tmod4, thus maintaining correct
thin filament lengths and sarcomere structure, structurally
compensating for the absence of Tmod1 as skeletal muscle
matures [31, 63]. Taken together, these studies indicate
that, in mice, complete removal of pointed-end capping
by Tmods severely disrupts both muscle development and
myofibril assembly (in cardiac muscle), but partial removal
has no obvious effects (in skeletal muscle). The minimum
stoichiometry of Tmods that are required to sustain the
normal developmental program and myofibrillogenesis in
skeletal muscle remains unclear.

An intriguing question raised by these studies is the
relationship between Tmod1’s role in myofibril assembly and
Tmod1’s role in muscle development [31, 59, 65, 68, 69].
Namely, is Tmod1’s primary role to regulate myofibrillogen-
esis, with defects in cardiac looping and chamber formation
in Tmod1-null hearts as secondary consequences of impaired
contractility? Alternatively, could Tmod1 also function in an
independent pathway to regulate cardiac morphogenesis and
development? Interestingly, Tmod1 is trafficked through the
nucleus in cultured skeletal myocytes and cardiomyocytes,
as well as fibroblasts, and Tmod1, Tmod2, and Tmod3
all contain a pattern-4 nuclear localization signal (NLS;
residues 340–343 of Tmod1; Figure 1), whereas Tmod4
and the Drosophila Tmod homologue contain arginine-
and lysine-containing motifs that are similar to pattern-
4 NLSs [75]. Similarly, Tmod1 contains a nuclear export
signal (NES; residues 134–136; Figure 1) that, when mutated,
results in Tmod1 accumulation in the nucleus [75]. Tmod1
accumulation in the nuclei of differentiating C2C12 mouse
myoblasts results in depressed expression of muscle-specific
genes and delayed myogenic differentiation in vitro [75].
Tmod1’s NES is contained within the TM-binding α3-helix
(Figure 1), and mutation of these residues to eliminate
TM binding leads to nuclear accumulation of Tmod1,
indicating that the TM-binding and nuclear export activities
of Tmod1 may function coordinately [52, 75]. Tmod1 may
also influence muscle development via Tmod1 capping and
stabilization of TM-actin filaments, thereby depleting the
actin monomer pool and regulating muscle gene expression
via the actin/myocardin-related transcription factor/serum
response factor circuitry [76].

Recent studies of Tmod function in invertebrates pro-
vide clues to a network of actin regulatory proteins that
orchestrate actin filament organization in myofibril assem-
bly and control thin filament lengths in sarcomeres [64]
(Table 2). In the obliquely striated body-wall muscle of C.
elegans, mutation or RNAi depletion of the Tmod homolog
UNC94/TMD-1 leads to severe actin filament disorganiza-
tion of actin filament bundles with accumulation near cell-
cell boundaries and impaired motility [14, 15]. In addition,
defects are also observed in the organization of muscle dense
bodies, the myofibril attachment sites at the membrane
[14]. The actin organization and myofibril assembly defects
in unc94/tmd-1 mutants are strikingly similar to those
observed in C. elegans mutants for actin-depolymerizing

factor (ADF)/cofilin, actin-interacting protein 1, and pro-
filin, which also regulate sarcomeric actin filament assembly
and stability [15, 77–79]. ADF/cofilin enhances dissociation
of actin subunits from the pointed end [80], while TMD-
1 inhibits ADF/cofilin-induced actin depolymerization by
a TM-dependent pointed-end capping mechanism in vitro
[15]. These biochemical interactions imply that TMD-1
would be antagonistic to ADF/cofilin function in vivo.
However, unexpectedly, TMD-1 cooperates synergistically
with ADF/cofilin to control sarcomeric actin organization
and motility, with double mutants more severely affected
than single mutants [15]. These in vivo genetic interac-
tions could be explained if, in muscle cells, TMD-1 and
ADF/cofilin both prevent excessive actin elongation at the
thin filament pointed end by TMD-1 capping the pointed
end and ADF/cofilin inducing pointed-end disassembly. The
identification of cofilin2 gene mutations in patients with
nemaline myopathy, a skeletal muscle disease characterized
by accumulations of aberrant actin filament bundles and
muscle weakness [81], suggests conserved mechanisms to
regulate sarcomeric actin assembly and organization that
may also involve Tmods [15]; for reviews, see [1, 64].

3. Tmods and Thin Filament Length Regulation
in Striated Muscle Sarcomeres

Once thin filaments are assembled into sarcomeres and
myofibrils during muscle development, Tmods function to
regulate thin filament lengths by controlling actin filament
elongation and shortening at pointed ends [1] (Table 2).
In cardiac myofibrils, where thin filament pointed ends
are capped by Tmod1, actin dynamics and thin filament
lengths are inversely proportional to Tmod1 levels [29,
70]. This was observed directly in experiments in which
rhodamine-labeled skeletal muscle α-actin (rho-α-actin) was
microinjected into living chick cardiomyocytes, allowing
direct visualization of actin monomer incorporation at both
the barbed and pointed ends [29]. Inhibition of actin
dynamics at the barbed and pointed ends has distinct effects:
overexpression of GFP-Tmod1 reduces actin incorporation
at pointed ends and leads to thin filament shortening, but
cytochalasin D inhibition of barbed-end dynamics has no
effect on lengths [29]. Furthermore, microinjection of an
antibody that inhibits Tmod1’s actin pointed-end capping
activity by binding to the actin capping site in the C-terminal
α6-helix of the LRR-Cap [28, 40] results in elongation of
thin filaments from their pointed ends and inhibition of
cardiomyocyte beating [28]. Thus, while actin monomer
exchange occurs at both barbed and pointed ends in striated
muscle sarcomeres, only subunit exchange at pointed ends
directly determines thin filament length. Moreover, both
rho-α-actin microinjection into cardiomyocytes [29] and
GFP-α-actin expression in living mouse skeletal muscle [82]
revealed preferential incorporation at thin filament pointed
ends, indicating that the pointed ends are more dynamic
than the barbed ends. The interaction between Tmod1 and
cardiac TM is essential for thin filament length regulation by
Tmod1; monoclonal antibody inhibition of the TM-binding
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site in the TM-Cap α1-helix causes Tmod1 dissociation and
thin filament depolymerization from the pointed end [41].
Indeed, Tmod1 targeting to pointed ends in cardiomyocytes
depends on prior assembly of TM [60] and on both the α1-
and α3-helices in the TM-Cap domain [56]. Thus, actin,
Tmod1, and TM synergize to maintain thin filament lengths
in cardiomyocytes.

While cultured cardiomyocytes provide a useful system
to study Tmod targeting to thin filament pointed ends and
length regulation, they provide less insight into the phys-
iological ramifications of altered thin filament regulation
when Tmod1 levels are perturbed. α-MHC-driven transgenic
overexpression of Tmod1 in the in vivo mouse heart leads
to shorter thin filaments, consistent with increased pointed-
end capping in these hearts [72] (Table 2). Mice with
Tmod1-overexpressing hearts develop a dilated cardiomy-
opathy between P14 and P28, which occurs concomitantly
with a loss of myofibrillar organization, featuring defects
that reflect the in vitro scenario with striking similarity
[70, 72]. The onset of dilation does not appear to alter
the extent of Tmod1 overexpression, indicating that these
processes are not directly coupled to one another, but rather,
overexpression of Tmod1 appears to trigger a cascade of
compensatory responses, including myocardial remodeling,
changes in intercalated discs, and myocardial Ca2+ handling
that lead to dilated cardiomyopathy [83–88].

The notion that the extent of pointed-end capping by
Tmods is inversely proportional to thin filament length is
not unique to cardiomyocytes and is supported by studies
in Drosophila melanogaster indirect flight muscle (Table 2).
Transient overexpression of Drosophila Tmod during indirect
flight muscle development via the HSP-90 promoter inhibits
actin elongation from thin filament pointed ends and reduces
thin filament lengths [13]. Note that the Drosophila Tmod
gene was originally misidentified as responsible for the
Sanpodo (spdo) asymmetric cell division phenotype [89,
90], but spdo was later determined to be a tetraspanin
membrane protein in the Notch signaling pathway [90–
92]. Thin filament lengths in Drosophila are also regulated
by sarcomere length short (SALS), a Drosophila WH2-
domain-containing protein that is required for GFP-actin
incorporation at pointed ends and thin filament elongation
during myofibril assembly in developing larval muscles [71].
Genetic manipulation of SALS and Tmod levels in primary
embryonic muscle cells revealed that SALS promotes the
lengthening of thin filaments by antagonizing the pointed-
end capping activity of Tmod [71], analogous to a proposed
function of Lmod2 in cardiomyocytes (see Section 5) [58],
which do not contain the insect-specific SALS protein [71].
However, similar to Tmod, SALS appears to cap actin
filament pointed ends in vitro, which is puzzling based on
its in vivo function in promoting pointed-end elongation
[71]. Further biochemical studies are required to clarify
cooperative and/or competitive actin regulation by SALS and
Tmod. Presumably, Drosophila indirect flight muscle cells are
programmed to maintain a balance between SALS and Tmod
to optimize thin filament lengths in a manner that promotes
muscle contraction and flight, as flies with excess Tmod and
shortened thin filaments are unable to fly [13].

In the case of myofibrils in mammalian skeletal muscle,
thin filament length regulation is further complicated by
the presence of a combination of Tmod isoforms (Tmod1
and Tmod4) at the pointed ends [11, 19, 31] (Figures 2
and 3). Partially depleting the Tmod isoform inventory
of skeletal muscle by deleting Tmod1 does not alter thin
filament lengths in vivo, presumably because Tmod3 can
structurally substitute for the absence of Tmod1 by leaving its
SR compartment (see Section 6) to cap thin filament pointed
ends in conjunction with Tmod4 [31, 63]. The switch
from Tmod1/Tmod4-based capping to Tmod3/Tmod4-based
capping of thin filament pointed ends produces physio-
logical changes despite unchanged thin filament lengths;
these changes include depressed isometric stress production,
impaired locomotor activity, and fiber type reprogramming
toward a faster phenotype [31]. Given that this Tmod1-null
skeletal muscle phenotype is distinct from the more striking
thin filament length misregulation phenotypes observed as
a consequence of Tmod1 perturbations in cardiac muscle
(Table 2), the minimum Tmod isoform types and levels
that are required to maintain correct thin filament lengths
in skeletal muscle sarcomeres remain unclear. Indeed, the
stoichiometry of Tmods at thin filament pointed ends in
rat psoas skeletal muscle, which likely contains Tmod1 and
Tmod4 [11, 20, 21, 31] (V. M. Fowler, unpublished data), has
been determined to be between 1.2–1.6 Tmods/pointed end,
based on quantitative immunoprecipitation using Tmod1
antibodies [11], but this may have been an underestimate
due to antibody cross-reactivity with Tmod4 in the absence
of prior cross-adsorption [31]. To fully address this quandary
in vivo, Tmod1 and Tmod4 isoform stoichiometries at
thin filament pointed ends need to be measured for var-
ious skeletal muscles, and Tmod3-null, Tmod4-null, and
Tmod1/Tmod3/Tmod4-double- and triple-null mice need to
be developed for future studies.

4. Tmod/Nebulin Interactions and
Thin Filament Length Regulation in
Skeletal Muscle

In addition to being capped by both Tmod1 and Tmod4,
skeletal muscle thin filaments are also distinct from cardiac
thin filaments because they contain giant (∼600–900 kDa)
nebulin molecules that coextend with actin along their
lengths (Figure 3). Several recent reviews have discussed
the roles of nebulin in thin filament length regulation and
actomyosin crossbridge activity [93–96], but, here, we will
focus on aspects of nebulin relevant to Tmods. Nebulin’s N-
terminal domain is located near thin filament pointed ends
and contains an interaction site for Tmods [97], while nebu-
lin’s C-terminal domain is located at the barbed filament end
in the Z-line, containing an interaction site for CapZ [98,
99]. Tmod1, Tmod4, and the C-terminal LRR-Cap domain
of Tmod1 bind to an N-terminal module (M1M2M3) of
nebulin in vitro, based on solid-phase ELISA-binding assays
with nebulin fragments and blot overlay assays with full-
length nebulin [54, 97]. Binding of native nebulin and Tmods
purified from mammalian skeletal muscle has also been
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demonstrated in blot overlay assays, but this interaction is
weak [97, 100]. Tmod4 binds to nebulin more strongly than
Tmod1, and TM does not appear to affect the interaction
between Tmods and nebulin [97]. However, the effect of
the nebulin M1M2M3 module on Tmod’s ability to cap the
pointed ends of TM-coated or TM-free actin filaments has
not been investigated in vitro.

Previous models of nebulin’s layout within the thin
filament have asserted that nebulin is a “molecular ruler”
that orchestrates thin filament assembly and lengths. The
ruler hypothesis argues that nebulin specifies the number
of actin monomers that can polymerize and fill the space
between its C-terminal CapZ-binding site and its N-terminal
Tmod-binding M1M2M3 module, which would presumably
localize to their respective thin filament ends [1, 3, 93,
101, 102]. Such an arrangement predicts that shorter or
longer nebulin splice variants [103–105] produce shorter
or longer thin filaments, respectively, and account for the
correlation between nebulin isoform size and thin filament
length [106, 107]. However, surprisingly, recent data have
demonstrated instead that the nebulin M1M2M3 module is
located only ∼0.9-1.0 μm away from the Z-line in all mature
mammalian muscles studied, whereas the thin filament
pointed ends extend from ∼0.1 μm up to ∼0.4 μm further
from the Z-line, well past the nebulin M2M3M3 module
[1, 31, 108] (Figure 3). Moreover, despite the interactions
between Tmods and the nebulin M1M2M3 module in vitro,
Tmod1 and Tmod4 are located at the extreme pointed ends
of the thin filaments and do not colocalize with the nebulin
M1M2M3 module in mature mouse, rabbit, and chicken
muscles [31, 108], as well as in human muscles (D. S. Gokhin
and V. M. Fowler, unpublished data). Thus, Tmods likely do
not interact with nebulin in mature mammalian muscles in
vivo [31, 108]. Furthermore, in neonatal nebulin-null mice,
Tmod1 is correctly localized to the pointed ends of the thin
filaments, whose lengths are now uniformly ∼1.0 μm, up
to ∼30% shorter than in wild-type muscles (as determined
by Tmod1 localization and phalloidin staining) [109]. Thin
filament lengths in the absence of nebulin are identical across
all muscles and, curiously, are similar to the distance at
which the nebulin M1M2M3 module normally resides with
respect to the Z-line [31, 108]. In addition, thin filaments
in nebulin-null mouse skeletal muscles appear to partially
degenerate during muscle use as the mice develop, until
lethality occurs between P7 and P21 [99, 109], explaining
the broad Tmod localization observed across the I-bands
at P10 [6]. Irregular thin filament disassembly during
muscle development or use may also explain the broad
Tmod localization pattern associated with the nonuniform
and shorter filament lengths in the muscles of human
nemaline myopathy patients that contain reduced nebulin
levels [6]. Likewise, thin filaments in nebulin siRNA-treated
chick skeletal myotubes are unusually prone to latrunculin
A-induced actin depolymerization [110]. Based on these
observations, nebulin appears to both mechanically and
molecularly stabilize a large, ∼1.0-μm-long core region of
the thin filament, whose length defines the minimum thin
filament length that a skeletal muscle sarcomere can stably
maintain. In conjunction, actin dynamics at the thin filament

pointed ends (regulated by Tmod1 and Tmod4) are proposed
to specify the lengths of the nebulin-free, ∼0.1 to ∼0.4-
μm-long thin filament extensions beyond the M1M2M3
module of nebulin [1, 29, 31, 108, 110]. However, the actin
dynamics properties and actomyosin crossbridge-regulatory
characteristics of these nebulin-free extensions (compared to
those of the “canonical” nebulin-coated thin filament cores)
have not been studied directly.

It remains uncertain how the nebulin M1M2M3 module,
or other nebulin modules, could regulate Tmod-mediated
capping “at a distance” in order to specify precise muscle-
specific thin filament lengths determined by the variable
lengths of the nebulin-free thin filament extensions [1,
31, 108]. This conundrum is highlighted by an elegant
recent experiment in chick skeletal myotubes, in which
endogenous nebulin was replaced by a shorter mininebulin
containing the N- and C-termini of human nebulin but
lacking 18 (out of 22) central superrepeats [110]. Even in
the presence of mininebulin, the thin filaments still extended
well past the N-terminal end of mininebulin and were
capped by Tmod1 at their normal location in the center of
the sarcomere [110]. Nevertheless, the dynamics of GFP-
α-actin, GFP-Tmod1, and GFP-TM were enhanced in the
absence of nebulin, and dynamics were reduced (rescued)
by introducing mininebulin, as measured by fluorescence
recovery after photobleaching (FRAP). This suggests that
nebulin may alter the long-range conformation of the TM
polymer and/or actin molecules in the thin filament, thereby
indirectly stabilizing Tmod capping of actin and TM at the
pointed end some distance away from the nebulin molecule
itself [110]. The maximum distance from which nebulin
can affect Tmod dynamics remains elusive, but it is most
likely on the order of ∼0.3-0.4 μm, which is the longest thin
filament pointed-end extension measured to date [108] (D.
S. Gokhin and V. M. Fowler, unpublished data). It is also
possible that the nebulin M1M2M3 module may interact
directly with Tmod at as-yet-unidentified developmental
junctures or during the early stages of myofibril assembly
when thin filaments may be shorter [61, 111, 112]. Thus,
in skeletal muscle, thin filament lengths are likely regulated
in a complex fashion by the dynamic properties of Tmods,
nebulin, actin, and TM in combination. Heterogeneous
expression of thin filament-associated protein isoforms may
determine muscle-specific thin filament lengths that are
essential for specifying muscle-specific sarcomere length-
tension relationships for joint motion and mammalian
motility [4–6].

5. Lmods in Actin Nucleation,
Thin Filament Assembly, and
Length Regulation

A plethora of actin nucleators have been identified in
nonmuscle cells that promote assembly of actin filaments
into lamellipodia, filopodia, or stress fibers via actin assembly
at barbed filament ends [113]. In striated muscle, the formin-
homology-domain protein FHOD3 regulates actin assembly
and myofibril integrity in rat cardiomyocytes [114, 115],
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while the C-terminal SH3 domain of nebulin activated by
N-WASP promotes de novo assembly of thin filaments at
Z-lines during sarcomerogenesis [116]. The larger Tmod
family member, Lmod2, which is localized to stripes flanking
the M-line in cultured cardiomyocytes [46, 57, 58], also
exhibits a potent actin nucleating activity in vitro, which
is enhanced by TM [46]. In rat cardiomyocytes, siRNA
knockdown of Lmod2 results in defective myofibril assembly
with disorganized, thin, and wispy myofibrils, implicating
Lmod2 in the assembly of thin filaments and myofibrils [46].
Based on the in vitro properties of Lmod2, de novo Lmod2-
nucleated filaments assembling into sarcomeres could grow
from their barbed ends with Lmod2 remaining at their
pointed ends [46, 57, 58]. However, this mechanism would
be somewhat surprising, since previous studies have shown
that thin filaments in sarcomeres elongate from their pointed
ends (see Section 3) [13, 29, 71]. In agreement with
the latter, overexpression of Lmod2 in embryonic chick
cardiomyocytes displaced Tmod1 from pointed ends and
led to thin filament lengthening [58]. By analogy to SALS
function in Drosophila myocytes (see Section 3) [71], Lmod2
has been proposed to “fine-tune” thin filament lengths in
mature cardiomyocyte sarcomeres by competing with and
antagonizing the activity of Tmod1 at the thin filament
pointed ends [58]. Alternatively, since the Lmod2 WH2
nucleation domain is required for thin filament elongation in
this system [58], it is possible that this filament lengthening
could be due to de novo nucleation and elongation of
new filaments that are then incorporated into existing
sarcomeres. Testing these models and integrating Lmod2
functions with those of the FHOD3 and nebulin-SH3 actin
nucleators will require the determination of the sites of
actin incorporation and filament elongation during thin
filament assembly and turnover during myofibrillogenesis, as
compared to myofibril maturation and maintenance during
muscle contraction and adaptation in vivo.

Lmod2 has also been suggested to play a role in regulating
actomyosin contractility in mature sarcomeres. In neonatal
rat cardiomyocytes, Lmod2 colocalizes with myosin in the A-
band (i.e., in broad stripes flanking Tmod1 at the pointed
ends) [57]. This A-band localization of Lmod2 was only
observed in mature myofibrils and depended on myosin
activity as well as on the availability of free actin monomers
[57]. Indeed, the myofibril disruption observed upon siRNA
knockdown of Lmod2 [46] could potentially be due to effects
on myosin activity, which influences myofibril assembly
and organization under some conditions [57, 117–120].
The relationship of the A-band localization of Lmod2 in
rat cardiomyocytes [57] to the pointed-end localization of
Lmod2 in embryonic chick cardiomyocytes [58] is unclear,
since full-length Lmod2 is a strong actin nucleator that
produces barbed-end elongation in vitro and does not cap
actin filament pointed ends [46, 57, 58]. However, truncated
Lmod2 missing the WH2 domain caps pointed ends in a
TM-dependent manner [58], suggesting that additional reg-
ulatory factors that inhibit nucleation activity may convert
Lmod2 to pointed-end capping in cells. Further studies will
be required to determine whether the disparate localizations
reported in different studies are due to Lmod isoform or

species differences or differences in myofibril maturation in
rat as opposed to chicken cardiomyocytes. Additional work
will also be required to resolve the reported discrepancies in
Lmod2 functions, including knockout models for Lmods to
determine in vivo functions.

Considerably less is known about Lmod1, which is
predominantly expressed in smooth muscle cells, in which
thin filament lengths are not precisely regulated or aligned. In
hypercontracted smooth muscle, which reveals a subdomain
organization of α-actinin-containing dense bodies alternat-
ing with actin filament-rich regions, both Lmod1 and Tmod1
are concentrated in the actin filament-rich regions between
the dense bodies [48]. This suggests that Lmod1 and Tmod1
may be associated with the pointed ends of variable-length
smooth muscle thin filaments extending from the dense
bodies. However, in extraocular striated muscle, Lmod1
colocalizes with the typical myosin-staining doublet in the
A-bands of slow muscle fibers [47], similar to Lmod2 in
rat cardiomyocytes [57]. This contrasts with Tmod1, which
localizes to a single stripe in the middle of the sarcomere
in these unstretched muscles, as expected from the close
proximity of the locations of the thin filament pointed ends
from each half-sarcomere [47, 48]. This suggests that, unlike
Tmod1, which caps the thin filament pointed ends, Lmod1
may interact with the regions of thin filaments that interact
with myosin in the A-band, or Lmod1 may possibly bind
directly to myosin. Lmod1 binds striated muscle TM in vitro
[48], but its function has otherwise not been studied. (A third
Lmod gene, Lmod3, has been identified (human gene ID,
56203; mRNA, NM 198271), but its protein localization and
function remain unknown).

6. Tmods and the SR

The SR is a membrane system that wraps around myofibrils
and serves as the Ca2+ reservoir for muscle contraction.
The skeletal muscle SR contains an actin filament network
composed of cytoplasmic γ-actin (in contrast to myofibrils,
which contain skeletal muscle α-actin) [63]. γ-Actin is
thought to be involved in the compensatory remodeling
response of skeletal muscle to muscular dystrophy, based
on its dramatic upregulation in diverse animal models of
the disease [121, 122]. While the filament-level architecture
of the γ-actin network is unknown, it likely shares features
with Tmod-capped actin filament architectures in nonmuscle
cells, such as epithelial cells, lens fiber cells, and red blood
cells [123–125]. In mouse skeletal muscle, the predominant
Tmod isoform associated with γ-actin in the SR is Tmod3,
which shares a localization pattern with γ-actin and nonmus-
cle TMs in an SR microdomain at the M-line and flanking the
Z-line [63] (Figures 2 and 3). Tmod3 appears to be tethered
to the SR at the M-line via an interaction with small ankyrin
1.5 (sAnk1.5) [63], a 17-kDa splice variant of ankyrin-R
(ankyrin 1) with a hydrophobic transmembrane segment
[126–128]. The Tmod3/sAnk1.5 complex in the SR contains
γ-actin and nonmuscle TMs (TM5NM1 and TM4) and
is not associated with sarco/endoplasmic reticulum Ca2+-
ATPase or the ryanodine receptor. Instead, Tmod3-capped
γ-actin filaments may be components of an SR-to-myofibril
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mechanical linking system, the best-characterized compo-
nent of which is the giant (∼720 kDa) protein obscurin,
which links sAnk1.5 in the SR to myomesin and titin in
the M-line [129, 130]. The mouse skeletal muscle SR also
contains a minor Z-line-flanking microdomain containing
Tmod1 and Tmod4, which, based on its localization pattern,
may be associated with the SR or T-tubule system [63].

Counterintuitively, deletion of Tmod1 in mice enables
the study of the functional significance of Tmod3 in the
SR, because Tmod3 vacates the SR and moves to the thin
filament pointed ends in adult Tmod1-null muscle [31, 63].
Thus, Tmod1 deletion appears to be a proxy for “conditional”
Tmod3 deletion from the SR. In this scenario, loss of Tmod3
from the SR selectively destabilizes its associated complex
with sAnk1.5 and perturbs the localizations of γ-actin,
nonmuscle TMs, and sAnk1.5. This leads to aberrant SR
swelling, depressed Ca2+ release, and myofibril misalignment
[63]. Notably, previously identified SR-associated membrane
skeleton proteins, β2-spectrin and ankyrin-B, which are
involved in targeting SR-associated ion channels in the
heart [131–134], are not associated with the Tmod3/sAnk1.5
complex, and are not perturbed by deletion of Tmod1 and
redistribution of Tmod3 from the SR to the thin filament
pointed ends [63]. This suggests that Tmod3, γ-actin, and
nonmuscle TMs define a novel membrane skeleton-like net-
work associated with sAnk1.5 in the SR, which mechanically
stabilizes the SR, facilitates SR Ca2+ release, and provides
connectivity among adjacent myofibrils via linkages between
sAnk1.5 and obscurin [63, 130, 135]. Certainly, creation of
a Tmod3-null mouse is required to demonstrate rigorously
that the SR phenotype is indeed due to the redistribution
of Tmod3 from the SR to the thin filament pointed ends,
rather than due to deletion of Tmod1 from a different
SR compartment or from the T-tubules. In addition, by
analogy to nebulin-null mice [136], it is also possible that
effects of Tmod1 deletion on actin pointed-end dynamics
and thin filament stability may lead to secondary effects on
SR Ca2+ handling (see Section 7). Future work needs to
focus on the molecular architecture of the SR-associated γ-
actin cytoskeletal network at the Z- and M-lines and the
mechanisms that drive isoform-specific sorting of actins and
Tmods in striated muscle. Furthermore, whether Tmod3
plays a role in the cardiac SR analogous to its role in the
skeletal muscle SR remains to be determined. It is tempting
to speculate that the upregulation of γ-actin that occurs in
muscular dystrophy might influence Ca2+ handling in the
SR in addition to its better-characterized role in binding
to dystrophin and mechanically fortifying the sarcolemma;
such a model would be consistent with evidence implicating
aberrant SR Ca2+ handling in the pathogenesis of muscular
dystrophy [137–139].

7. Potential Relevance of Tmods to
Hereditary Muscle Diseases

A persistent question is whether or not Tmods are directly
involved in the pathogenesis of human nemaline myopathy,
a skeletal muscle wasting disease that afflicts∼1 : 50,000 indi-
viduals, arises from mutations in thin filament-associated

proteins, and is marked by the presence of aberrant actin
bundles and so-called “nemaline bodies” consisting of thin
filament material [140–142]. In human skeletal muscles, a
combination of Tmod1 and Tmod4 caps the pointed ends
of the thin filaments (D. S. Gokhin and V. M. Fowler,
unpublished data), identical to mouse muscles [31, 63],
and mutations in almost all known thin filament-associated
proteins, including α-actin (ACTA1), β- and γ-TM isoforms
(TPM2 and TPM3), troponin I and T isoforms (TNNI2,
TNNT1, and TNNT3), and nebulin (NEB) [140–142], have
been found to produce various degrees of hereditary nema-
line myopathy. A nemaline myopathy-linked ADF/cofilin
(CFL2) mutation has also been identified, implying that
aberrant regulation of actin dynamics and turnover in thin
filaments can lead to muscle pathologies (see Section 2)
[81]. While Tmod1 deletion in mice produces mild muscle
pathology with depressed isometric stress production, nema-
line bodies are not observed, most likely due to structural
compensation by Tmod3, which caps the thin filament
pointed ends with Tmod4 in the absence of Tmod1, thus
preserving thin filament stability and length regulation [31,
63]. Nevertheless, it is possible that weakened and more
dynamic Tmod3/Tmod4 binding to the thin filament pointed
ends may alter TM-troponin regulation of actomyosin cross-
bridge activity and thereby contribute to muscle weakness
[31]; similar changes in productive actomyosin crossbridge
formation have been observed in nebulin-null mice as well
as in human nemaline myopathy [143–147]. However, the
phenotype of Tmod1-null skeletal muscle is distinct from
classical nemaline myopathy, because Tmod1-null muscle is
not overtly myopathic [31], and Tmod3 translocation from
the SR to thin filament pointed ends is accompanied by
SR defects and myofibril misalignment that can account for
the muscle weakness [63]. Furthermore, no Tmod mutations
have yet been identified as a basis for nemaline myopathy.

Clearly, Tmod perturbations can cause muscle pathology
in mice, and mutations in the proteins that comprise
the Tmod-associated thin filament structures (i.e., disease
“hotspots”) in skeletal muscle cause hereditary diseases in
humans. However, despite Tmods being integral structural
components of thin filaments, they are, thus far, conspic-
uously absent from the list of thin filament proteins that
cause nemaline myopathy. Indeed, Tmods appear to be
the only thin filament proteins with no as-yet-identified
mutations that cause nemaline myopathy. Why might this be
the case? The most likely answer is that Tmods are essential
genes in humans. Deletion of Tmod1 is embryonic lethal in
mice due to defects in cardiac looping morphogenesis and
myofibril assembly, resulting in aborted development early in
embryogenesis [59, 68]; indeed, studies of Tmod1’s functions
in noncardiac tissues in vivo require cardiac-specific rescue
of Tmod1 to permit animal development and progression
into adulthood [31, 63, 65, 124, 125]. Thus, it would be
reasonable to predict that wholesale Tmod1 deletion would
be lethal in humans as well. However, it is conceivable
that Tmod1 mutations resulting in milder Tmod1 functional
deficits or partially reduced Tmod1 levels could be associated
with hereditary myopathies in humans. Tmod4 mutations
are another possibility; in humans, Tmod4 is only present
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in skeletal muscle [20, 21] and is a good candidate gene for
skeletal muscle disease, because its perturbation would not
be expected to cause cardiac defects. Nonetheless, the most
probable reason that no myopathy-linked Tmod1 or Tmod4
mutations have yet been identified is compensation by other
Tmod isoforms (i.e., Tmod3), as shown in mice [31, 63].
Additional studies on the individuals who are diagnosed with
a nemaline myopathy of unknown genetic etiology [140] are
required for the identification of putative Tmod mutations
associated with nemaline myopathy or other skeletal muscle
myopathies.

In addition to the potential involvement of Tmod1 and
Tmod4 capping of α-actin thin filaments in nemaline myopa-
thy, putative Tmod3 capping of γ-actin filaments in the SR
[63] may play a role in muscular dystrophy. Tmod3 capping
of γ-actin filaments occurs in conjunction with nonmuscle
TM5NM1 and TM4 binding to the sides of γ-actin fila-
ments, which is essential for normal excitation-contraction
coupling, SR function, and maintaining a nondystrophic
condition [148–150]. γ-Actin is dramatically upregulated
in dystrophic muscle [121, 122], but whether this affects
SR structure or function or specific SR-associated γ-actin-
regulatory proteins (e.g., Tmod3 and nonmuscle TM5NM1
and TM4) remains unknown. Indeed, γ-actin upregulation
without compensatory alterations in the pool of γ-actin-
regulatory proteins may result in uncontrolled γ-actin
polymerization, which may adversely affect the structure,
stability, and function of the SR and/or sarcolemma. Another
possibility is that muscular dystrophy-induced misregulation
of γ-actin-regulatory proteins may alter γ-actin turnover in
a manner that is toxic to the muscle cell via mechanisms
involving aberrant Ca2+ handling [137, 138]. It is important
to recognize that such proposals are speculative at this
point. However, given this clinical context, they highlight
the fact that the future of the “Tmods in muscle” field lies
in dissecting the molecular mechanisms by which Tmods
cap and stabilize actin filaments during development and
disease, exploring the abilities of Tmods to regulate muscle
physiology and contractility, and uncovering potential links
between Tmod perturbations and muscle pathology.
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The spatial relationship between mitochondria and the membrane systems, more specifically the calcium release units (CRUs)
of skeletal muscle, is of profound functional significance. CRUs are the sites at which Ca2+ is released from the sarcoplasmic
reticulum during muscle activation. Close mitochondrion-CRU proximity allows the organelles to take up Ca2+ and thus stimulate
aerobic metabolism. Skeletal muscles of most mammals display an extensive, developmentally regulated, close mitochondrion-
CRU association, fostered by tethering links between the organelles. A comparative look at the vertebrate subphylum however
shows that this specific association is only present in the higher vertebrates (mammals). Muscles in all other vertebrates, even if
capable of fast activity, rely on a less precise and more limited mitochondrion-CRU proximity, despite some tethering connections.
This is most evident in fish muscles. Clustering of free subsarcolemmal mitochondria in proximity of capillaries is also more
frequently achieved in mammalian than in other vertebrates.

1. Introduction

Mitochondria have two functional requirements: they need
oxygen and also some stimulation by Ca2+ [1–3]. The latter
event has been disputed for a while, but it is now clear that
mitochondria take up some of the Ca2+ released from the
endoplasmic reticulum (ER) under physiological conditions,
a step that has important effects on a variety of their func-
tions, including the stimulation of aerobic metabolism. The
uptake has been initially difficult to pinpoint, but specifically
targeted aequorin [4] gave a first clear evidence for Ca2+

entry into the mitochondria of living cells, and fluorometric
measurements of mitochondrial dehydrogenases activity
provided an early fast measurement of mitochondrial Ca2+

uptake in vivo [5]. The concept has been developed that this
uptake is strictly dependent on a planned proximity between
the organelles and certain components of the ER. The so-
called high Ca2+ microdomain hypothesis proposes that the
proximity is necessary because the relatively low mitochon-
drial affinity for Ca2+ [1, 6–8] means that uptake will occur

only if the mitochondrion is near the source, so that it expe-
riences a sudden increase of the cytoplasmic Ca2+ level to
relatively high values [9–11]. Close proximities between ER
and mitochondria are indeed frequent and well documented
in liver cells, where the ER, both RER and SER, is frequently
tightly wrapped around the mitochondria profiles [12, 13]
even in organisms as low as fish. Visible tethering connec-
tions between ER and mitochondria are sufficiently strong in
liver and myocardium of mammals to maintain the associ-
ation during cellular fractionation [14, 15]. More recently,
an even more direct interaction between ER components
and the outer mitochondrial membrane has been proposed,
based on a physical link between the voltage-dependent
anion channel (VDAC) of the outer mitochondrial mem-
brane and Ip3 receptors of the ER, allowing direct coupling
between Ca2+ release and mitochondrial uptake [16].

Cardiac and skeletal muscle cells are inherently crowded
due to their content of myofibrils, and the mitochondria
share the narrow intermyofibrillar spaces with the sarcoplas-
mic reticulum (SR); transverse (T) tubules; dyads/triads;
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glycogen granules and lipid droplets as well as the basic
cytoskeletal network. Among these organelles, the tri-
ads/dyads, constituted of junctional SR (jSR) and T tubules,
function as calcium release units (CRUs) through which Ca2+

exits the SR during muscle activation. CRUs are located at
specific and frequent intervals and form a discontinuous ring
around the myofibrils following the path of the T tubule
network. Given the narrowness of the shared spaces, it is not
surprising that mitochondria and CRUs often rub elbows.
In skeletal and cardiac muscles of rodents, the proximity
is sufficient for mitochondria to take up Ca2+ even during
the time course of a single twitch [17, 18]. Even though the
uptake by individual organelles is small, it can affect the rate
of relaxation in fibers that are rich in mitochondria [19] and
in rat fibers the buffering action of mitochondria may be
sufficient to reduce the frequency of detectable spontaneous
releases [20].

Pertinent questions are (1) is the CRU-mitochondria
relationship random, or is there a higher structural hierarchy
that specifically establishes the relative positioning of the two
organelles in skeletal muscle and (2) is the same structural
relationship present in muscles of all vertebrates. Structural
and functional evidence points to a planned 3-D relationship
between the two organelles [21, 22] but not for all mito-
chondria and perhaps not in all muscles. Taking advantage
of different kinetic properties of Ca2+ chelators, Shkryl and
Shirokova [23] demonstrated that two functional categories
of mitochondria coexist in skeletal muscle of the rat: those
that take up some of the Ca2+ released by the SR during
muscle activation even in the presence of fast Ca2+ chelators
and those that do not. The former are, it must be presumed,
closely juxtaposed to CRUs, the latter are at some distance.
The structural equivalent of this functional phenomenon
is the well-specified position of mitochondria relative to
CRUs in the muscle fibers from the same species, as well
as from other mammals. Muscles of course are of primary
importance in any activity from food gathering, to eating,
to defense and, indirectly, to reproduction and in some
cases to heat production. Based on the fundamental tenet
of evolution that features offering survival advantage are
retained, it may be expected that any variation essential for
the effective performance of muscles would appear as an
early event in evolution. As an example, the orderly arrange-
ment of thin and thick filaments in cross-striated sarcomeres,
offering the possibility of rapid movements, is an early
evolutionary event, that is found in insects, all chordates,
and, even, in a slightly rudimentary form in some molluscan
muscles. An early appearance of a tight mitochondrion/CRU
relationship in vertebrate evolution would indicate that
this particular arrangement is of overriding functional
usefulness to both mitochondria and skeletal muscle; a later
appearance would indicate that it is advantageous but not
essential.

In order to establish the evolutionary significance of
specific mitochondria/CRU relationships, we launched a
widespread exploration of muscle ultrastructure within the
vertebrate subphylum. To that effect, we examined muscle
samples from a few organisms in each class, from fish to
mammals, relying on the existing literature for further data.

2. Materials and Methods

Skeletal muscles were fixed in a variety of vertebrates.
Most images came from an extensive archive present in the
laboratory, other from muscles that were fixed specifically
for this project. Fish: Lampetra planeri (larvae); Eptatretus
stouti (Hagfish); Lepisosteus osseus (Gar fish); Citharichthys
sordidus (pacific sand dab); Danio rerio (zebrafish); Poecilia
reticulata (guppy); Poecilia latipinna var. (black molly),
toadfish (Opsanus tau); amphibia (Rana pipiens, R. tem-
poraria); Reptiles (Boa constrictor, Nerodia sipedon, Anolis
carolinensis); Birds (Meleagris gallopavo; fringilla sp., Gallus
gallus); Mammals (Mus rattus, Rattus sp., Felis catus).

The animals were euthanized by a variety of means
(cervical dislocation and/or an overdose of anesthetic: CO2,
ether, isoflurane, sodium pentobarbital). After euthanasia,
the muscles were exposed and either fixed in situ by dripping
the fixative on them, or carefully dissected tendon-to-
tendon, pinned in Sylgard dish (Dow Corning) at resting
length and immersed in fixative. Fixation was in 3–9% glu-
taraldehyde in 0.1 M cacodylate buffer (pH 7.2) at room tem-
perature. The muscles were stored in fixative at 4◦C for vari-
able periods of time, then postfixed in 2% OsO4 in the same
buffer for 1-2 hr at 4◦C, en block stained in saturated uranyl
acetate, with several washes after each step, and embedded
in Epon 812. Muscles for domestic chicken and kangaroo
(Macropus sp.) were simply obtained from the supermarket,
and small samples were treated as the freshly dissected mus-
cles. Ultrathin sections (about 40 nm) were cut in an ultrami-
crotome Leica Ultracut R (Leica Microsystem, Austria) using
a Diatome diamond knife (Diatome Ltd. Biel, Switzerland)
and stained in uranyl acetate and lead citrate solutions.

3. Results and Discussion

3.1. Mammals. The following description, based on pub-
lished electron micrographs of various muscles from labora-
tory rat and mouse [22, 24–26] and extensive unpublished
observations by the two authors, offers the background
for the overall distribution of mitochondria in muscles of
placental mammals. Many mitochondria in these muscles
lie within transverse planes that are positioned in close
proximity of the triads (CRUs), between them and the nearby
Z line, and thus have a preferential location opposite to the
I bands of the sarcomere (Figure 1(a)). These mitochondria
are very thin and elongated and closely follow the junctional
SR sacs of CRUs over long distances, frequently coming
to distances of ∼25 nm from the SR surface (Figure 1(b);
[22]. Some fibers (e.g., type IIX and IIB in mouse) have
almost exclusively this type of mitochondrial disposition. A
second additional set of mitochondria is present in fibers
that are richer in these organelles (e.g., type I and IIA in
mouse). These mitochondria are larger in diameter; they
are longitudinally oriented and may span the distance of
several sarcomeres, encompassing I and A bands and Z
lines. Appropriate sections show that these mitochondria
extend transversely oriented arm-like branches as they pass
at the level of the I band and these branches are those that
follow along the length of triads (Figure 1(b)). It is not clear



Journal of Biomedicine and Biotechnology 3

500 nm

(a)

500 nm

(b)

Figure 1: Cross (a) and longitudinal (b) sections of muscle fibers
from the mouse EDL muscle. In (a), slender, elongated approxi-
mately cylindrical mitochondria profiles occupy the intermyofib-
rillar spaces, running transversely for long distances between the
myofibrils at the I band level. In (b), the longitudinal axis of the fiber
runs from left to right at a slight angle. Longitudinally arranged
mitochondria send out transverse branches at the level of the I band,
that correspond to those seen in (a). The transverse mitochondria
branches run parallel to triads (CRUs) and are closely opposed to
the junctional SR (arrows) over long distances.

whether all the longitudinally arranged mitochondria are
directly connected to transverse extensions, but in general
it can be assumed that these two sets of mitochondria are
part of the same continuum. A different set of mitochondria
(not shown) resides at peripheral sites, between the most
peripheral myofibrils and the plasmalemma. These mito-
chondria are piled up into irregular mounds that project
over the fiber surface and they are closely apposed to each
other, but at some distance from the nearest myofibrils
and CRUs. Capillaries are usually located in proximity of
these peripheral clusters of mitochondria, so that these
organelles are not near sites of Ca2+ release from the SR,
but they are in close proximity to the capillaries. Indeed,
peripheral grouping of mitochondria in mammalian fibers
is mostly present in “red,” richly vascularized muscles.
These peripheral mitochondria may not “sense” the SR Ca2+

release, but are near oxygen sources. Unfortunately, although
the mitochondria content of more exotic mammal, such as
the cheetah known for the fastest running speed, has been
explored [27], no information of the actual positioning of
mitochondria relative to CRU is available for these muscles.

Two pieces of evidence indicate that the specific targeting
of mitochondria at the I band and their structural coupling
to CRUs in mammalian muscles are not due to chance.

First is the fact that association of mitochondria with
CRUs is acquired as a developmentally regulated event
during postnatal differentiation in mouse [22] and during
a recapitulation of these events in the recovery of human
denervated atrophic muscle induced by electrical stimulation
[28]. Secondly, strong connecting tethers link the junctional
SR of CRUs to adjacent mitochondria (Figures 2(a) and 2(c),
arrows) [22, 26]. The tethers link directly the SR membrane
to the outer mitochondrial membrane and seem to be strong
enough to hold them together if they are pulled apart (such
as if the fiber is exposed to hypotonic solutions).

An extensive mitochondrion-CRU association has been
detected in muscles from the domestic cat (unpublished
observations): from the guinea pig [29] and from human
muscles [21, 30, 31]. Taken together, these facts indicated
that a major subset of mitochondria in mammalian muscle
are in a specifically planned close structural and func-
tional proximity to the SR, and more specifically with
the domains (CRUs) that are responsible for Ca2+ release
during excitation-contraction coupling. The association of
the selected mitochondria with CRUs is very extensive, since
approximately a quarter of the elongated mitochondrion
outer surface is in very close proximity to a jSR element and
is maintained by connecting tethers. This disposition seems
to be common to muscles from placental mammalian that
have been examined by ultrastructure.

It can also be inferred that the mitochondria that are
not tethered to CRUs may be free to move and perhaps
the peripatetic organelles are those aggregated in the subplas-
malemmal spaces. Their presence is driven to the proximity
of capillaries by the necessity of a high anaerobic profile.
Indeed, the highly aerobic diaphragm of the smallest mam-
mal, the shrew, is intensively vascularized and displays an
extensive array of peripheral mitochondria [32].

One notable exception to the specific mitochondrion-
CRU alignment in mammalian muscles is found in the
superfast cricothyroid muscle that produces the ultrasound
used by the bats for echolocation [33]. In these muscles, the
mitochondria are not at the triads, but are located in long
longitudinal lines between the myofibrils, a disposition that
is typical of all nonmammalian vertebrates (see below).

Additionally, a muscle from a marsupial also shows no
specific relationship between mitochondria positioning and
CRUs (unpublished observations).

3.2. Birds. Birds, like mammals, are homoeothermic, and
some of them exhibit very fast and continuously active
muscles. It would be expected that if specific relationships
between mitochondria and CRUs and between mitochondria
and capillaries were of overriding functional importance,
such relationships would be found in muscles from this
group. We were surprised to find that pectoral muscles in
domestic chicken and turkey (admittedly not very active
muscles), and also the leg and flight muscles of finches (that
are quite active) display mitochondria that are located in
single longitudinal columns between the myofibrils, with no
specific relationship to CRUs (Figure 3; see [34, 35]). Even
in the flight muscles of hummingbirds, mitochondria are
not especially associated with CRUs. It is likely however that
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Figure 2: Higher magnifications highlighting association of mitochondria and SR (a)–(c). Tethering connections anchor mitochondria to
the jSR of the triads (CRUs) in images of mouse EDL ((a) and (c), white arrows). Similar tethers (white arrows) anchor mitochondria to the
longitudinal SR, not necessarily to CRUs, in the leg muscle from a finch (b).

the disposition of longitudinal mitochondria in the intermy-
ofibrillar spaces is not entirely random. Each mitochondrion
is in very close proximity to SR elements along its length,
and it seems to be anchored to them by tethers that greatly
resemble those in mammalian muscles (compare arrows
in Figure 2(b) with Figures 2(a) and 2(c)). We argue that
tethering to SR is responsible for holding the mitochondria
within the intermyofibrillar spaces and keeping them from
moving out and aggregating into subplasmalemmal clusters.

Longitudinal mitochondria have a chance of being at a
short distance from one or more CRUs along their length
as they run past the level of the sarcomere at which CRUs
are located (Figure 3(b), arrows). The frequency of such
encounters depends on the size of the mitochondrion and on
the frequency of triads along the T tubule network. Note also
that this configuration offers a very limited close proximity
between the mitochondrion surface and the CRU.

Strikingly, the frequency of mitochondria in leg and flight
muscles of the finch is actually lower than in the mouse
leg muscle, despite the apparent similarity in the fast and
continuously active movements in these two species.

In the species mentioned above, there also seems to be
no accumulation of mitochondria in proximity of capillaries
even within the more aerobic muscles. Such accumulations
however are present in highly specialized muscles. The mito-
chondria respiration rates in the flight muscle of humming-
birds is about two times higher than that of locomotory mus-

cles in mammals running at their maximum aerobic capaci-
ties. Capillary volume density is correspondingly higher, and
mitochondria are packed so highly that they almost compro-
mise the ability to produce force by crowding out myofibrils
[36]. Most relevant is the fact that mitochondria are precisely
clustered at a high density right at the capillary borders [37].

3.3. Reptiles. We examined the body muscles of two snakes
(Boa constrictor and Nerodia sipedon) and the leg muscles of
a lizard (Anolis carolinensis) as examples of reptile muscles
that are used for a variety of slow to fast movements.
The slower tortoise muscles have also been described [38].
Three different types of muscle fibres in Boa c. showed the
distinctive characteristics of tonic (large myofibrils, limited
membrane systems, and few mitochondria) probably used
when the snake crushes its prey, phasic “red” (smaller
myofibrils, slightly higher mitochondria content) probably
used when the snake moves around for longer periods of
time, and phasic “white” (smaller myofibrils, low mitochon-
dria content) probably used when the snake strikes a prey.
The lizard leg muscles had small myofibrils and frequent
triads as to be expected from the very fast movements of these
graceful animals when in search of pray.

A noticeable feature of these reptilian muscles is a scarcity
of mitochondria in keeping with the general motile pattern
of prolonged immobility alternated with brief periods of
fast activity. The overall distribution pattern is the same as
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Figure 3: Breast muscle from the finch shown in cross-sections (a)
and (b). In the finch, as in other birds, mitochondria are located
in single longitudinally oriented rows between the myofibrils. A
limited proximity between mitochondria and CRUs (arrows in (b))
occurs where the mitochondria cross the level at which T tubules
are located. Accumulations of mitochondria at the fiber edges are
not present in the flight muscles of many birds, indicating that the
mitochondria are not free to escape from the myofibrillar domains
of the fibers, probably due to tethering; see Figure 2.

in birds: and the same comments apply: mitochondria are
located in single columns occupying the intermyofibrillar
spaces, with no special relationship to CRUs and no accu-
mulation at capillaries (Figure 4, from the lizard).

As in the case of birds, a fast, continuously active muscle
provides an ultimate example of functionally designed orga-
nization. “Sound production is one of the most energetically
costly activities in animals” [39]. Despite extremely reduced
tension production that minimizes contractile use of ATP
[39] and some other mechanical tradeoffs strategies [40], the
rattlesnakes tail shaker muscle is a fascinating example of the
adaptations necessary to produce and maintain extremely
fast contraction-relaxation rates [41]. Mitochondria are
indeed at high density in these muscles and large clusters are
for the most part fairly close to capillaries, but they do not
bear a specific spatial relationship to CRUs [42].

3.4. Amphibia. In muscles of amphibia, as exemplified by
various species of Rana (R. pipiens, R temporaria [43, 44]; see
also [45] for Rana japonica and [46] for Rana nigromaculata),
the large majority of the mitochondria tend to be located
between the myofibrils [46]. Frog mitochondria are fairly
large; they are positioned in single file between the myofibrils
and an individual organelle may run for the length of one-

1μm

(a)

0.5μm

(b)

Figure 4: Longitudinal sections of leg muscles from a small lizard,
as an example from reptiles. The myofibrils are small, and the
CRUs (triads) are frequent, as expected from a rapid muscle.
Mitochondria are not frequent, and they are located in single
longitudinal rows between the myofibrils. An occasional proximity
to CRU occurs when the mitochondria cross the T tubule network
(arrows, see also Figures 3 and 5 for birds and amphibia).

two sarcomeres (Figure 5). There is no peripheral clustering
at the fiber edge. The disposition is the same in sartorius
and gastrocnemius where mitochondria are unusually scarce
(Figure 5) and in the iliofibularis where they are more
frequent.

In general, none of the Rana muscles have a content of
mitochondria comparable to that of rat or mouse, indicating
a limited reliance on oxidative phosphorylation and there are
no descriptions of muscle with an extensive mitochondria
accumulation. Tonic fibers that sustain prolonged periods of
activity (e.g., those used in the mating amplexus) have an
even lower density of mitochondria, in keeping with the fact
that although the contractions are prolonged, they involve
very slow cycling cross-bridges and thus require a limited
amount of ATP.

3.5. Fish. At the lower end of the vertebrate subphylum,
we collected images from tail musculature of a variety of
fish, from primitive to more advanced. For example, see
[47–50]. All muscles fibers, including the “red” ones used
for powering swimming motion [51], contain elongated
mitochondria that are either located in longitudinal slits
between myofibrils (Figure 6(a)) or, more frequently, at the
fibers’ edges, under the plasmalemma (Figure 6(b)). An
interesting variation relative to birds, reptiles, and amphibia
is the fact that intermyofibrillar mitochondria are most
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Figure 5: Images from the frog gastrocnemius (a) and sartorius (b)
in longitudinal sections. The predominant location of mitochon-
dria is similar to that of birds and reptiles, again providing limited
contacts with CRUs. Note overall scarcity of mitochondria in these
muscles gastrocnemius. Others have more frequent mitochondria
but still no large clusters at the periphery.

m
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m
m
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Figure 6: Cross-sections of small fibers in zebrafish. These images
illustrate two characteristics of mitochondria (m) disposition in
fish muscles. There is a tendency for clustering of the organelles in
small groups that are mostly segregated to the fibers’ edges. In this
manner, proximity of the mitochondrion’ surface to CRUs is quite
limited.

often, particularly if more numerous, collected into small,
longitudinally aligned clusters. This tendency is strongly
emphasized in the case of cold adaptation in fish such as
the striped bass, that results in an increase of mitochondrial
volume density by as much as 230% [52]. While in the fish
exposed to warmer water the mitochondria are positioned
in single longitudinal rows between the myofibrils, in the
cold-adapted fish the mitochondria are accumulated in
large clusters both between the myofibrils and at the fiber
periphery. The direct effect of clustering is that of decreasing
the probability that an individual mitochondrion comes to
close proximity to a CRU. Higher oxidative capacity relates
to higher mitochondrial content, but not to a better contact
with CRUs [53, 54].

Interestingly, in superfast sound-producing swimbladder
musculature of Opsanus tau (toadfish), where the mitochon-
dria are not frequent [55, 56] and of Porichthys notatus (mid-
shipman) where they are quite abundant [57], mitochondria
are almost completely excluded from the regions of the fiber
containing myofibrils and placed instead in the central core
and outer subplasmalemmal ring. The physiology of these
fast-acting muscle fibers, like those of the rattlesnake, has
been modified for superfast repetitive contractions with little
force production [58], thus reducing their ATP requirements.

4. Conclusions

This brief comparative look at skeletal muscles shows that
a well-regulated, close, extensive association between mito-
chondria and CRUs is present only in mammalian skeletal
muscles. In other vertebrate muscles, the mitochondria-
CRU proximity is far less extensive and less well regulated.
Since the presumably privileged mitochondrial disposition of
mammalian muscles is a relatively late event in evolutionary
times, it must confer some advantage, but it may not
be essential to muscle function. Apparently, coupling of
muscle activation to stimulation of mitochondrial aerobic
ATP production must occur even in the absence of the
mammalian-type associations.

It is hard to actually pinpoint the precise advantage
that extensive mitochondria-CRU association confers. Even
assuming that some Ca2+ uptake by mitochondria is abso-
lutely essential, it must be remembered that this uptake
must be limited in order to avoid the total collapse of
the mitochondrion’s inner membrane potential. So, it is
not entirely clear that the extensive ER/SR-mitochondria
contacts that are present in liver and in mammalian skeletal
muscle are necessary and/or advantageous relative to the
more fleeting contacts between CRU and mitochondria of
muscles in lower vertebrates.

Perhaps the answer, in the case of mammalian skeletal
muscle, lies in the fact that mitochondria-CRU contacts
foster the differentiation of complex mitochondrial shapes.
Increases in cytosolic calcium levels above resting seem to
reduce mitochondrial motility [59], so an initial association
of large mitochondria with CRUs may have a positive feed-
back effect, enhancing and stabilizing further associations.
Mitochondria that are not tethered to SR and thus end up
in peripheral clusters are smaller and not as extensive as the



Journal of Biomedicine and Biotechnology 7

CRU-associated ones. During postnatal muscle fiber matu-
ration in mouse, extension of mitochondria into branched
pattern and their association with CRUs occur in parallel
[22]. A direct effect of this unique mitochondria tendency
towards extension for long distances both longitudinally
and transversely is the effective spread of information over
relatively large regions of the fiber, and this may have some
specific advantages. For example, mitochondria-based super-
oxide flashes (mSOF) in resting and activated mouse FDB
fibers occur simultaneously over extended regions reflecting
the complex mitochondrial network [60]. Considering that
a moderate level of superoxide production has physiological
effects (discussed in [60]), coordination of its production is
certainly of advantage.

It is, however, also noteworthy that extensive CRU-
mitochondria contacts are avoided in a mammalian fast-
acting muscle capable of prolonged activity: the bat cricothy-
roid, used for echolocation [33]. Additionally, mitochondria
tethering is “loosened” in a mouse muscle with a leaky
mutation of the RyR [61] emphasizing the inherent risks of
a close proximity of mitochondria to Ca2+ sources. Perhaps
fish muscles have the best solution. Mitochondria clustering
in those muscles has the effect of reducing the portion
of each organelle’s outline that faces directly towards a
CRU, thus reducing the influence of CRU’s Ca2+ release on
mitochondria and allowing the development of some of the
fastest known muscle fibers, where mitochondria interfere
very little with Ca2+ cycling.
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Imperatoxin A (IpTxa) is known to modify the gating of skeletal ryanodine receptor (RyR1). In this paper, the ability of charged
aa residues of IpTxa to induce substate of native RyR1 in HSR was examined. Our results show that the basic residues (e.g., Lys19,
Lys20, Lys22, Arg23, and Arg24) are important for producing substate of RyR1. In addition, other basic residues (e.g., Lys30, Arg31,
and Arg33) near the C-terminus and some acidic residues (e.g., Glu29, Asp13, and Asp2) are also involved in the generation of
substate. Residues such as Lys8 and Thr26 may be involved in the self-regulation of substate of RyR1, since alanine substitution of
the aa residues led to a drastic conversion to the substate. The modifications of the channel gating by the wild-type and mutant
toxins were similar in purified RyR1. Taken together, the specific charge distributions on the surface of IpTxa are essential for
regulation of the channel gating of RyR1.

1. Introduction

In striated muscles, depolarization of the cell surface mem-
branes leads to activation of ryanodine receptors (RyRs) in
the junctional sarcoplasmic reticulum (SR) [1–5]. A number
of endogenous RyR modulators such as calmodulin, FK506-
binding proteins, calsequestrin, triadin, and HRC have been
identified [6–8]. Exogenous modulators of RyRs such as
toxins and peptides have also been reported [9, 10].

Imperatoxin A (IpTxa) from the African scorpion Pand-
inus imperator is a high-affinity modulator of skeletal
RyR (RyR1). It greatly increases open probability (Po) and
[3H]ryanodine binding to RyR1 at nanomolar concentration
[11, 12]. Moreover, binding of IpTxa to RyRs reconstituted
in planar lipid bilayers generates marked occurrence of
long-lasting openings in subconductance state (substate)
[13]. Confocal imaging of skeletal muscle fibers to monitor
IpTxa-induced Ca2+ sparks demonstrate that the toxin
induces long-duration and low-amplitude local Ca2+ release
consistent with the observation of the prolonged substate
in the presence of IpTxa [14]. Another structurally related
scorpion toxin, maurocalcine (MCa), and one specific small

fragment of II-III loop region of skeletal DHPR (Peptide A)
also bind to RyR1 and modify channel activity [15–18]. MCa
also strongly enhances [3H]ryanodine binding to RyR1 and
induces long-lasting substate with the current amplitude of
48% of the full conductance [16, 18]. Peptide A could bind to
RyR1 and could either activate or inhibit the activity of RyR1.
It could also induce the long-lasing substate [15, 17, 19].

A comparison of the amino acid (aa) sequences of these
RyR1-modifing probes shows a common basic aa domain
and the C-terminal hydroxyl-containing side chain. The aa
sequences may also contribute to the essential structure for
activating RyR1 [15, 16]. Especially, a cluster of positively
charged aa residues on the surface of the peptide A is critical
for activation of RyR1 [19, 20]. The mutations of the specific
basic residues of MCa and IpTxa have failed to induce long-
lasting substate and to potentiate [3H]ryanodine binding
[20, 21]. To date, the ability of a single aa residue of IpTxa to
control the substate of RyR1 is not fully understood. Recently
we have found that several basic aa residues of IpTxa (e.g.,
Lys19, Arg23, and Arg33) are necessary for increasing open
probability and inducing substate in rabbit skeletal RyR1
[22].
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In the present study, to evaluate the roles of the charged
aa residues of IpTxa in modifying the RyR1 gating, synthetic
wild-type and alanine-scanning mutants of IpTxa were tested
on planar lipid bilayer-incorporated RyR1. The basic aa
mutants (e.g., K19A, K20A, K22A, R23A, and R24A) resulted
in a significant loss of production of substate in RyR1,
consistent with the previous suggestion that the critical
basic domain of toxin determines its binding to the channel
[15, 16, 22]. The effective domain encompassing these basic
residues involved in producing substate is structurally con-
served with both MCa and Peptide A [19, 23]. This suggests a
common role of the highly clustered positive charges for their
action on RyR1 channel gating. The mutations of some acidic
residues (e.g., Asp2, Asp13, and Glu29) and basic residues
within C-terminal region of IpTxa (e.g., Lys30, Arg31, and
Arg33) also led to a significant inhibition on the gating. When
Lys8 and Thr26 were replaced by alanine, the substate was
predominant indicating that these two residues are essential
for the functions of the toxin. In addition, the effects of the
wild-type and mutant toxins on the gating behavior of RyR1
are strikingly similar when the native RyR1 in SR and the
purified RyR1 are used for the incorporation into bilayers,
suggesting that generation of the substate is due to a direct
binding of the toxin to RyR1.

2. Materials and Methods

2.1. Materials. Porcine brain phosphatidylethanolamine and
phosphatidylserine were purchased from Avanti Polar Lipids,
Inc. All other reagents were from Sigma.

2.2. Chemical Synthesis of Wild-Type and Mutant IpTxa

Peptides. The peptide synthesis was conducted by a peptide
synthesizer (Applied Biosystems model 433A). The linear
precursors of wild-type and mutant IpTxa were synthe-
sized by solid-phase Fmoc chemistry starting from Fmoc-
Arg (2,2,5,7,8-pentamethylchroman-6-sulphonyl)-Alko or
Fmoc-Ala-Alko resin using a variety of blocking groups for
amino acid protection. After cleavage by trifluoroacetic acid,
crude linear peptides were extracted with 2 M ethanoic acid,
diluted to final peptide concentration of 25 μM in a solution
of 1 M ammonium acetate and 2.5 mM reduced/0.25 mM
oxidized glutathione adjusted to pH 7.8 with aqueous
NH4OH, and stirred slowly at 4◦C for 2-3 days. In the
redox buffer system, oxidized glutathione acts as oxidase and
assists in the formation of disulfide bonds whereas reduced
glutathione functions as disulfide isomerase and facilitates
formation of correct disulfide bonds by promoting rapid
reshuffling of incorrect disulfide parings. A 10 : 1 mixture
of reduced and oxidized glutathione was suggested to be
an efficient redox buffer system for producing disulfide
bonds in IpTxa [21]. The folding reactions were monitored
by HPLC. The crude oxidized products were purified by
successive chromatography with CM-cellulose CM-52 and
preparative HPLC with C18 silica columns. The purity of all
analogues were in the range of 60 to 95% as measured by
analytical HPLC and MALDI-TOF-MS (matrix-assisted laser
desorption ionization-time-of-flight MS) measurements (see

Supplementary Figure 1 (in Supplementary material avail-
able online at doi: 10.1155/2011/386384)).

2.3. Preparation of Junctional SR Vesicles from Rabbit Skeletal
Muscle. A heavy fraction of fragmented SR vesicles (HSR)
containing junctional SR was prepared from rabbit fast-
twitch back and leg muscles as described previously [24].

2.4. Planar Lipid Bilayers. Single-channel recordings of rab-
bit skeletal RyR1 incorporated into planar lipid bilayers
were carried out as described previously [25–27]. Lipid
bilayers, consisting of brain tissue phosphatidylethanolamine
and phosphatidylserine (1 : 1) in decane (20 mg/mL) were
formed across a hole of approximately 200 μm diameter.
Thinning of the bilayer was monitored by bilayer capac-
itance. The basic composition of the cis/trans solution
consisted of 300 mM cesium methanesulfonate, 10 mM
Tris/Hepes (pH 7.2), 2 mM EGTA, and 1.998 mM CaCl2
([Ca2+]free = 10 μM) [27]. [Ca2+]free was calculated using
the “Chelator” program (Theo Schoenmaker). Cs+ was
selected as the charge carrier to ensure precise control of
free [Ca2+], to increase the channel conductance, and to
avoid any contribution from potassium channels present in
the SR membrane [12]. Chloride channels were inhibited
by using the impermeant anion methanesulfonate [12].
Incorporation of ion channels was carried out as described
by Miller and Racker [25] and confirmed by recording
the characteristically high single-channel conductance of
RyRs [27, 28]. The trans side was maintained at ground
and the cis side was clamped at −30 mV relative to the
ground. After addition of the IpTxa to the cis chamber, the
single channel data were collected at −30 mV for 2–5 min.
The channel activity was recorded on a DTR-1204 Digital
Recorder (Biologic Science Instrument) and displayed on a
Tektronix TDS 340A oscilloscope. Recordings were filtered
with an 8-pole low-pass Bessel filter at 1 kHz and digitalized
through a Digidata 1200 series interface (Axon Instruments).
Data acquisition and analysis were done with the Axon
Instruments software, pClamp v7.0.

Data were analyzed using the Hill equation described
previously [12, 13, 15]:

Psubstate =
(
Psubstate, max

)

[
1 +

(
EC50/

[
IpTxa

])nH
] or

Po =
(
Po, max

)

[
1 +

(
EC50/

[
IpTxa

])nH
] ,

(1)

where (Po, max) is the Po observed at saturating concentra-
tions of IpTxa, EC50 is the IpTxa concentration for which
50% of Po,max is obtained and nH is the Hill coefficient.
Also, Psubstate, max is the Psubstate observed at saturating
concentrations of IpTxa, EC50 is the IpTxa concentration for
which 50% of Psubstate, max is obtained, and nH is the Hill
coefficient. The probability of full open state of the channel
(Po) was defined as the ratio of the time spent in the open
state to the total time exclusive of time spent in the substate.
The probability to obtain substate (Psubstate) was calculated
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Figure 1: Properties of single channel gating in IpTxa-modified native RyR1. (a) Channel current traces of a single skeletal RyR1 in planar
lipid bilayers activated by various concentrations of IpTxa. IpTxa at 6–100 nM (final) was added to the cis solution to activate the channel.
Channel openings are shown as downward deflections. Channel activities were recorded at a holding potential of −30 mV. (b) A plot of Po

versus concentration of IpTxa to activate rabbit skeletal RyR1. Data points are means ± SE of ten experiments. (c) A plot of Psubstate versus
IpTxa concentration for rabbit skeletal RyR1. Data points are means ± SE of 9 experiments.

as the time spent in the substate divided by a given total
recording time. The durations of the substate were obtained
by manual positioning of the cursors and constructing all
point histograms. Mean duration of substate was measured
by total substate time divided by total substate frequencies.

2.5. Statistical Analysis. Results are given as means ± SE.
Significant differences were analyzed using Student’s t-test.
Differences were considered to be significant when P < 0.05.
The fitting of the data to the graphs were carried out using
the software, Origin v7.

3. Results

3.1. Effects of IpTxa on Single-Channel Gating Properties of
RyR1. To examine how IpTxa modifies RyR1 activity, RyR1

in HSR incorporated in planar lipid bilayers was tested
in the presence or absence of synthetic wild-type IpTxa.
The chamber solutions for both cis (cytosolic) and trans
(luminal) sides included 300 mM cesium methanesulfonate
and 10 mM Tris-Hepes (pH 7.2). 10 μM free Ca2+ was added
to the cis side to activate the incorporated RyR1. After an
addition of IpTxa to the cis chamber, the single channel
gating properties were recorded at a holding potential
of −30 mV for over 2 min at each toxin concentration.
Figure 1(a) shows traces from continuous recordings in
the absence and in the presence of 6, 15, 30, 50, and
100 nM IpTxa. When the toxin concentration increased, the
occurrence of substate of RyR1 was remarkably increased. To
examine the effects of IpTxa on full open state, we calculated
the probability to obtain the full open state (Po) as the time
spent in the open state divided by the total time exclusive
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of the time spent in the substate. The time for recorded Po
was in the range of 30 s–2 min. Figure 1(b) shows a plot of Po
versus IpTxa concentration at 10 μM Ca2+. The steady-state
Po was 0.18± 0.02 at 10 μM Ca2+. When the concentration of
IpTxa was increased in cis chamber, Po increased markedly to
0.7, suggesting that the cytosolic IpTxa enhanced the channel
activity by increasing open probability in a dose-dependent
manner. Using the Hill equation (1) the parameters such
as Po, max, EC50, and Hill coefficient (nH) were calculated.
The calculated Po, max and EC50 for Po were 0.72 ± 0.02 and
17.35 ± 4.67 nM, respectively. The Hill coefficient (nH) for
Po was 1.14. Application of IpTxa to the trans (SR lumen)
side of chamber did not show any effect (data not shown),
suggesting that increase of the full opening events of the
RyR1 channel is due to interaction between the toxin and the
cytosolic region of the channel.

In light of the evidence that IpTxa could induce substate
both in cardiac and skeletal RyRs [13], the effects of synthetic
IpTxa on the occurrence of substate were tested using native
RyR1 in rabbit skeletal HSR. Figure 1(a) shows that an
addition of IpTxa to the cis side of RyR1 channel could induce
the substate. The probability to obtain substate (Psubstate)
increased, when the concentration of IpTxa increased from
6 to 100 nM in the cis chamber (Figure 1(c)). The calculated
Psubstate, max and EC50 for Psubstate were 0.92 ± 0.06 and 23.27
± 2.37 nM, respectively. The Hill coefficient (nH) for Psubstate

was 1.24, suggesting that IpTxa and RyR1 do not have the
cooperative bindings in the concentration range.

3.2. Effects of Alanine Scanning Mutants of IpTxa on RyR1.
In the previous studies [21, 22], it was proposed that
specific basic amino acid residues on the surface of IpTxa

are required for the electrostatic interaction of the toxin
with RyR1. Particularly, Gurrola et al. [15] suggested the
structural domain composed of Lys19-Arg24 followed by
Thr26 is responsible for the IpTxa-RyR1 binding. A possible
molecular interaction between IpTxa and RyR1 was further
investigated in the present study by producing various
alanine scanning mutants at charged aa. We first tested the
effects of IpTxa mutants on substate of RyR1 at a holding
potential of –30 mV.

The single channel traces of RyR1 activated at 30 nM wild
type or mutant IpTxa are shown in Figure 2(a). Ability of
the different mutant toxins to induce substate of RyR1was
further tested using different toxin concentrations. Interest-
ingly, both K8A and T26A mutants displayed a significantly
increased substate lifetime, indicating a negative role of these
residues in modifying RyR1 gating. Psubstae, max of K8A or
T26A reached almost to 1, and EC50 (nM) values were
shifted from 23.27 ± 0.37 (wild type) to 5.70 ± 2.86 (K8A)
or to 9.98 ± 1.92 (T26A; Figure 2(b) and Table 1). The
mutations of the basic aa (Lys19, Lys20, Lys22, Arg23, Arg24,
Lys30, Arg31, and Arg33) significantly reduced the probability
to obtain substate (Psubstate), compared with the wild-type
toxin (Figure 2(b) and Table 1). The effect of D15A mutant
was similar to that of wild-type toxin, suggesting no major
involvement of Asp15 in the binding between the toxin and
RyR1. On the other hand, the substitutions of some acidic aa

Table 1: Effects of the mutant IpTxa on Psubstate of native RyR1 in
SR. Psubstate, max and EC50 for Psubstate, max were calculated using (1) as
described in “Section 2.” Values are means± SE of 3–9 experiments.
The average lengths of the substate events were determined at 30 nM
concentration. Asterisks indicate significant differences from the
wild-type toxin for each parameter (Student t-test, P < 0.05). ND:
not determined.

Psubstate Mean duration
of substate (s)Psubstate, max EC50 (nM)

Wild type 0.92 ± 0.06 23.27 ± 2.37 4.56 ± 0.42

K8A 0.97 ± 0.01 5.70 ± 2.86∗ ND

T26A 0.98 ± 0.05 9.98 ± 1.92∗ 3.66 ± 0.40∗

D15A 0.91 ± 0.05 21.47 ± 1.92 4.50 ± 0.51

R9A 0.75 ± 0.05∗ 19.91 ± 3.16 5.86 ± 0.52∗

K11A 0.70 ± 0.07∗ 21.76 ± 3.49 4.35 ± 1.07

D13A 0.62 ± 0.07∗ 21.72 ± 7.92 2.76 ± 0.25∗

K19A 0.43 ± 0.07∗ 21.84 ± 6.47 1.94 ± 0.43∗

R31A 0.40 ± 0.03∗ 19.24 ± 4.65 3.42 ± 0.27∗

D2A 0.38 ± 0.08∗ 28.63 ± 14.02 2.96 ± 0.60∗

R23A 0.32 ± 0.09∗ 19.54 ± 9.36 2.50 ± 0.26∗

R24A 0.26 ± 0.08∗ 26.03 ± 7.01 1.55 ± 0.94∗

E29A 0.19 ± 0.03∗ 6.07 ± 4.28∗ 1.75 ± 0.29∗

K30A 0.19 ± 0.02∗ 16.66 ± 2.86∗ 1.72 ± 0.39∗

K20A 0.18 ± 0.05∗ 18.53 ± 8.17 3.64 ± 0.78∗

R33A 0.14 ± 0.03∗ 16.03 ± 5.65∗ 1.97 ± 0.19∗

K22A 0.12 ± 0.02∗ 18.49 ± 2.88 3.31 ± 0.15∗

such as Asp2, Asp13, and Glu29 by alanine alter the probability
to obtain substate significantly (Figure 2 and Table 1). These
results suggest that the charged aa distributed on the surface
of IpTxa contribute to the stimulatory action of the toxin and
to the interaction between IpTxa and RyR1.

3.3. Mean Duration of IpTxa-Induced Substate. To investigate
the causes for the decreased Psubstate by the mutant toxins,
the average length of substate at 30 nM wild type or mutant
of IpTxa was calculated as total substate time divided by
the toral frequencies of substate. The recording time in
each concentration was 2 min. Despite the marked increase
in Psubstate as IpTxa was increased from 6 nM to 100 nM,
the mean duration of the IpTxa induced-substate of RyR1
appeared to be similar at different [IpTxa] (Figure 4). The
average mean duration of substate of the mutants (D2A,
D13A, K19A, K22A, R23A, R24A, E29A, K30A, and R33A)
was significantly less than that of wild-type IpTxa (Table 1).
Some mutants (K19A, R24A, E29A, and K30A) showed more
marked reduction in mean duration of substate (<2 s). The
decreased mean duration of substate in the mutant toxins is
due probably to the loss of their ability to induce long-lasting
substate.

3.4. Effects of IpTxa on Purified RyR1. To determine whether
the activation of native RyR1 in SR by IpTxa was due to a
direct activation of RyR1 or due to an indirect activation
through other proteins associated to RyR1, we added IpTxa
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Figure 2: Continued.
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Figure 2: Single channel current traces of RyR1 modified by various alanine scanning IpTxa mutants. (a) Single channel current traces of
skeletal RyR1 activated in the presence of 30 nM wild-type or various mutant IpTxa (cis side) at −30 mV holding potential. Single channel
opening is shown as a downward deflection. (b) The plots of Psubstate of RyR1 versus concentration of IpTxa are shown. The data points are
means ± SE from 3–5 independent experiments.

to purified RyR1 incorporated into planar lipid bilayers
(Figure 3(a)). 30 nM IpTxa increased Psubstate both in native
and purified RyR1 in a similar extent (Figures 1 and 3).
Figure 4 shows that the mean durations of substate of
purified RyR1 are similar to native RyR1 at the tested
concentration range, suggesting that the response of RyR1 to
IpTxa was not mediated by other RyR1-associated proteins.
Purity of RyR1 at the final purification step was verified by
Coomassie blue staining (Supplementary Figure 2).

3.5. Effects of IpTxa Mutants on Purified RyR1. We further
tested the effects of mutant IpTxa (K8A, K30A, R31A, or
R33A) on Psubstate of purified RyR1. Channel activity was
monitored for 2 min in the presence of 6 to 100 nM mutant
toxins (Figure 5(a)). The plots of Psubstate versus [IpTxa]
showed that the mutant toxins (K30A, R31A, and R33A) led
to much smaller Psubstate (0.16± 0.05, 0.15± 0.02, and 0.18±
0.06, resp.) than that of wild-type IpTxa(0.86± 0.05) without
a significant change of EC50 (Figure 5(b) and Table 2). K8A
led to similar Psubstate, max (0.85 ± 0.02) to wild-type toxin
(Figure 5(b)). K30A and R33A produced less than 2 s of
mean duration of substate (Table 2).

4. Discussion

4.1. Effects of IpTxa Mutants on Substate of RyR1. The
highly positive charges of the basic residues of IpTxa could

contribute to the formation of its functional surface area
having uniquely oriented charge distribution [15, 19, 21–
23]. In the present study we tested the hypothesis that
electrostatic force mediates the IpTxa-RyR1 interaction by
studying the effects of alanine scanning mutations of charged
aa residues in IpTxa on RyR1 functions.

Single point mutations of charged residues in IpTxa gen-
erally affected the probability of occurring substate (Psubstate)
in RyR1 (Figure 2 and Table 1). Previously, it was shown
that mutations in a cluster of basic residues (Lys19-Arg24)
decreased the ability of the toxin to activate [3H]ryanodine
binding to RyR1 [15, 21]. The recombinant mutant toxins
(e.g., K19A, R23A, and R24A) were less effective to increase
open probability (Po) and to induce substate of the channel
[22]. Our present results demonstrate that a cluster of the
basic residues 19–24 is necessary for inducing substate of
RyR1, confirming the functional importance of the clustered
basic residues. In addition, replacing other basic residues
located in C-terminal region of IpTxa with alanine (e.g.,
K30A, R31A, and R33A) also reduced the effects of the toxin
on channel modification (Figure 2(b)). As described previ-
ously, the C-terminal basic residues (Lys22, Arg23, and Arg24)
are aligned in the central domain of IpTxa and possibly are
responsible for activating RyR1 [21]. Our present findings
agree with the previous suggestion that the positively charged
region within the C-terminus is involved in the interaction
with RyR1.
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Figure 3: Effects of IpTxa on purified rabbit RyR1 incorporated in planar lipid bilayers. (a) Single channel activity of purified RyR1
incorporated in planar lipid bilayers at 10 μM Ca2+ with or without IpTxa (6–100 nM) was recorded. Single channel currents are shown
as downward deflections from the closed level (indicated by c). The holding potential was−30 mV. (b) The plot of Po of purified RyR1 versus
various concentrations of IpTxa is shown. (c) The plot of Psubstate of purified RyR1 versus various concentrations of IpTxa is shown. The
results are shown as the means ± SE for 7 experiments.

K8A and T26A, the two mutated analogs of IpTxa,
showed dramatically decreased EC50 of Psubstate compared to
that of wild-type toxin, indicating higher binding affinity
to RyR1 (Figures 2(b) and 5(b)). Although the ability of
K8A to increase the substate lifetime of RyR1 was previously
studied using recombinant IpTxa mutant [22], the effect of
K8A on [3H]ryanodine binding to RyR1 is controversial [15,
21]. T26A mutant was reported to reduce toxin-activated
ryanodine binding to RyR1 [15]. The inconsistency between
occurrence of substate and ryanodine binding to RyR1
affected by K8A or T26A suggests multiple independent
actions of IpTxa on different modes of channel gating. In fact,
Dulhunty et al. [17] proposed an existence of multiple toxin
binding sites within RyR1 including the transient activation
site and substate site [17].

4.2. The Effects of IpTxa and Peptide A on RyR1 Gating.
Marked functional similarity of the three peptides, IpTxa,
MCa, and Peptide A has been proposed on the basis of their
primary structural homology of a specific domain consisting
of basic amino acids (Lys19-Arg23 of IpTxa or MCa, and
Arg681-Lys685 of Peptide A) [15, 17, 18, 23, 29]. Stretches
of these positively charged residues tend to adopt different
secondary structures such as α-helical structure for Peptide
A and β-sheet structure for IpTxa and MCa. However,
their orientation on the surface of the peptides could be
similar [19, 21]. Peptide A was shown to share the common
binding site on RyR1 with IpTxa and MCa and mimicked
the toxin effects on RyR1 gating [15, 23, 29]. However,
evidence for noncompetitive binding of MCa and peptide
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Figure 4: Effects of IpTxa on the mean durations of substate of
native and purified RyR1. Mean durations of the substate events in
native RyR1 versus purified RyR1 were determined in the presence
of 6–100 nM IpTxa. Data points are means± SE for 10 experiments.

A to RyR1 was shown by [3H]ryanodine binding and real-
time Surface Plasmon resonance (SPR) studies. MCa and
peptide A induced distinct modification of channel gating
in an additive, but not competitive, manner. This indicates
the possibility of an existence of independent binding sites
for the two peptides on RyR1 [16]. These different results
have been further understood by the hypothesis that the
toxins and peptide A binding sites within RyR have both
common activation site and independent substate sites [17].
Although the present results show that the mutations within
the structural motif shared by Peptide A inhibited substate
induction (Figure 2), it is hard to find direct evidence of
competitive function in the common region of RyR1. Even
though our investigations were undertaken without Peptide
A, it could be suggested that the prolonged substate opening
triggered by IpTxa is independent of the action of Peptide
A [17]. Further study will be necessary to clarify whether
the structurally conserved domains of IpTxa and Peptide A
compete for the induction of substate in RyR1.

4.3. Comparison of the Active Sites with MCA. IpTxa and
MCa share 82% aa identity in their primary structures. In
addition to the similar β-sheet structure of the common
stretch of the basic residues (Lys19-Arg24), the solution struc-
tures of IpTxa and MCa exhibit similar overall molecular
folding [21, 30]. Because of this structural homology, these
two toxins share functional similarities. Both IpTxa and
MCa strongly induce SR Ca2+ release and activate ryanodine
binding to skeletal RyR. In addition, both peptides have the
ability to induce reversible transition of RyR1 gating mode
between substate and fast full open gating [12, 13, 15–17].
Previously, it was demonstrated that mutations of each basic
residue within Lys19-Thr26 and mutation of Lys8 of MCa
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Figure 5: Properties of single channel gating in wild-type and
mutant IpTxa-modified purified RyR1. (a) Single channel currents
of purified RyR1 activated in the presence of wild-type or mutant
IpTxa were measured at −30 mV holding potential. The single
channel opening is shown as a downward deflection. The recordings
of single channel currents were measured at 30 nM wild-type or
mutant IpTxa in the cis solution. (b) The plots of Psubstate of purified
RyR1 versus wild-type or mutant IpTxa at various concentrations.

decreased the ability of the toxin to induce Ca2+ release
and potentiate [3H]ryanodine binding in the SR [29]. More-
over, the occurrence of long-lasting substate was markedly
prevented by mutations of the basic residues within Lys20-
Arg24 of MCa [29]. This inhibitory effect was reduced, if the
mutation was farther from Lys24 while alanine replacement
completely inhibited the substate event of skeletal RyR [17,
29]. Therefore, the previous results showing the effects of
MCa mutants are partially coherent with our observations
of the effects of IpTxa mutants on RyR1 substate. In the
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Table 2: Effects of the mutant IpTxa on Psubstate of purified RyR1.
Psubstate, max and EC50 for Psubstate of purified RyR1 were calculated
as described in the legend to Table 1. Values are means ± SE of
4–10 experiments. The average lengths of the substate events were
determined at 30 nM concentration. Asterisks indicate significant
differences from the wild type for each parameter (Student t-test,
P < 0.05). ND: not determined.

Psubstate Mean duration
of substate (s)Psubstate, max EC50 (nM)

Wild type 0.86 ± 0.05 17.08 ± 2.31 3.97 ± 0.18

K8A 0.85 ± 0.02 5.29 ± 4.84∗ ND

R33A 0.18 ± 0.06∗ 19.25 ± 1.05 1.43 ± 0.09∗

K30A 0.16 ± 0.05∗ 15.66 ± 5.99 1.88 ± 0.22∗

R31A 0.15 ± 0.02∗ 18.23 ± 1.65 3.15 ± 0.10∗

present study, IpTxa mutant, R24A, was the most effective
in decreasing mean duration of substate of RyR1 (Figure 3
and Table 1). R24A mutant showed comparable Bmax value
of Psubstate with those of other mutants, R23A, K22A, and
K20A, although the values were significantly less than that
of wild-type IpTxa (Figure 3 and Table 1). This suggests that
the common domain clustered by positively charged residues
(Lys20-Arg24) are responsible for the actions of two scorpion
toxins to induce long-lasting substate opening of skeletal
RyR1.

In spite of the high sequence identity, a significant
functional difference between IpTxa and MCa has been
observed. Two toxins induced different degree of substate
of RyR1 at +40 mV holding potential (28% and 48% of
full conductance state for IpTxa and MCa, resp.) [10, 13].
In addition, comparison of 3D structures of two peptides
showed significantly different structural motifs near the N-
terminal regions, where MCa but not IpTxa has a β-strand
and makes the hydrophobic core by connecting to the side
chains of four cysteine residues, Cys10, Cys16, Cys21, and
Cys32 [21]. Thus, the difference in the functional effect
between IpTxa and MCa on RyR1 gating appears to be
due to the subtle change in the local charge distribution
or a structural dissimilarity. Here we further suggest and
it appears that both acidic (e.g., Asp2, Asp13, and Glu29)
and basic residues of C-terminal region of IpTxa (e.g., Lys30,
Arg31, and Arg33) are involved in functional interaction with
RyR1 in the case of IpTxa (Figure 2(b)). To our knowledge,
to date there is no report regarding to the involvement of the
acidic aa residues of IpTxa are related to the occurrence of
Psubstate of RyR1.

5. Conclusions

In this study, the ability of charged aa residues of IpTxa to
induce substate of RyR1 was examined in detail. Both basic
and acidic aa residues are involved in producing substate of
RyR1 supporting the hypothesis that the structural domain
constituting a local cluster of charged aa is important for
modifying the mode of channel gating [15, 16, 21]. Residues
such as Lys8 and Thr26 of IpTXa are important in terms

of their inhibitory role in producing substate of RyR1. The
modified channel gating properties induced by wild-type
and mutant toxins were found both in native and purified
RyR1. Taken together, the specific charge distributions on the
surface of IpTxa may directly regulate the gating behavior of
RyR1.
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This paper summarizes the various effects of neurotrophins in skeletal muscle and how these proteins act as potential regulators of
the maintenance, function, and regeneration of skeletal muscle fibers. Increasing evidence suggests that this family of neurotrophic
factors influence not only the survival and function of innervating motoneurons but also the development and differentiation of
myoblasts and muscle fibers. Muscle contractions (e.g., exercise) produce BDNF mRNA and protein in skeletal muscle, and the
BDNF seems to play a role in enhancing glucose metabolism and may act for myokine to improve various brain disorders (e.g.,
Alzheimer’s disease and major depression). In adults with neuromuscular disorders, variations in neurotrophin expression are
found, and the role of neurotrophins under such conditions is beginning to be elucidated. This paper provides a basis for a better
understanding of the role of these factors under such pathological conditions and for treatment of human neuromuscular disease.

1. Introduction

Neurotrophins are best known for their roles in regulating
neuronal survival, plasticity, growth, and death [1, 2]. As
such, they have been studied predominantly in the context
of nervous system development and function. However,
accumulating evidence suggests that neurotrophins play a
more widespread role than originally thought. Accordingly,
they are now the focus of study in numerous cell popula-
tions across multiple tissue systems. Of these populations,
skeletal muscle is of particular interest, because it acts as
an abundant source of neurotrophic support throughout
development [3, 4]. In addition, skeletal muscle expresses
several neurotrophin receptors, providing the basis for
neurotrophin signaling within the muscle compartment [5].
Indeed, neurotrophin knockout mice often exhibit distinct
defects in muscle development and function, and to date
neurotrophin- (NT-) 4/5 has been implicated in muscle
fiber transformation, NT-3 in muscle spindle formation, and
nerve growth factor (NGF) in dystrophic muscle pathology
[6–8]. Expression profiling has shown that brain-derived

neurotrophic factor (BDNF) is differentially expressed in
skeletal muscle under various physiological and pathological
conditions [4]. Several studies have demonstrated that
physical exercise can increase circulating BDNF levels in both
healthy humans [9, 10] and patients with multiple sclerosis
[11]. More recently, Matthews et al. [12] clearly showed the
production of BDNF mRNA and protein by human skeletal
muscle after 2 hours of ergometer bicycle exercise. In addi-
tion, denervation causes alterations of muscle neurotrophin
levels [3, 13, 14], and, in several animal studies, reduced NGF
and NT-3 mRNA as well as NGF protein levels have been
observed in diabetic muscle [15–18], whereas an increase in
BDNF mRNA levels has been reported [15, 19].

Glial-cell-line-derived neurotrophic factor (GDNF) was
first discovered in glial cells and supports dopaminergic
neurons of the central nervous system [20]. GDNF induces
sprouting and muscle fiber reinnervation [21] and may
be involved in the maintenance of cell body size and the
cholinergic phenotype of motoneurons [22]. Earlier studies
showed the marked expression of GDNF at neuromuscular
junction (NMJ) during early myogenesis and then negligible
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levels. However, several researchers observed clear expression
in normal muscles of mice, after denervation, and merosin-
deficient muscular dystrophy in adult animals.

This paper focuses on the effects of neurotrophins (NGF,
BDNF, NT-4/5, and GDNF) on skeletal muscle and how they
act as potential regulators of the development, maintenance,
function, and regeneration of skeletal muscle fibers. In mice
carrying null mutations in the NT-3 or tropomyosin-related
kinase (Trk)C gene, numbers of proprioceptive neurons and
muscle spindles are dramatically decreased [8, 23]. Con-
versely, the embryonic overexpression of NT-3 in developing
limb or muscle increases the number of proprioceptive
neurons [24, 25]. However, the muscle morphology in these
models is poorly described. In this paper, we did not describe
a possible role of NT-3 and the receptor (TrkC) in muscle
fiber; only a few studies found some role of NT-3 to muscle
morphology [26, 27].

2. Normal Distribution of Neurotrophins and
Their Receptors in Adult Skeletal Muscle

2.1. Neurotrophins. The level of BDNF expression in animals
fuels debate as well. Low levels were reported in developing
and postnatal avian and rodent skeletal muscle [3, 28–
32]. However, other studies including our own could not
detect any BDNF expression in developing muscle of mice
and rats [14, 33]. Indeed, neither Western blotting nor
immunohistochemistry revealed immunoreactivity in the
soleus and several fast-type muscles in Wistar rats at 2–12
weeks of age. To investigate this issue in more detail, recent
studies have applied intensified in situ hybridization (ISH)
techniques for electron microscopy to detect BDNF mRNA
in muscle and, in particular, to determine the cell types
(muscle fibers, satellite cells, Schwann cells, fibroblasts, and
endothelial cells) that synthesize BDNF. These studies suggest
the expression of BDNF to be confined to myofibers in adult
rat muscle [34] and that other cells in normal muscle do
not contribute to BDNF expression. However, Mousavi and
Jasmin [35] demonstrated more recently the expression of
BDNF in normal satellite cells of several muscles in adult
mice. Using three different methods (reverse transcription-
PCR, in situ hybridization, and immunofluorescence), they
found the clear colocalization of both BDNF and the
receptor p75NTR with Pax3, a marker of satellite cells, in
the diaphragm, soleus, and EDL muscle of mature mice.
Furthermore, they showed that BDNF was not expressed
at significant levels within mature myofibers and did not
accumulate within subsynaptic regions of neuromuscular
junctions. Consistent with these observations, Liem et al.
[34] reported that subsynaptic regions of NMJs in soleus
muscle were devoid of BDNF transcripts. The expression
of BDNF in NMJs has been controversial. It has been
hypothesized that skeletal-muscle-derived BDNF enhances
the survival of innervating motor neurons throughout
their lifespan and potentiates neuromuscular transmission
[36, 37]. This hypothesis is supported by several lines of
evidence including, for example, the expression of BDNF
in skeletal muscle and retrograde transport of exogenously
applied BDNF to distinct motor neuron cell bodies [3, 38,

39]. As postulated by Mousavi and Jasmin [35], mature
NMJs unlike the central nervous system (CNS) may be
stable arrangements that do not require BDNF signaling for
remodeling and modulation of neuromuscular transmission.

NT-4/5 expression is dependent on the activity of
neuromuscular synapses. Electrical stimulation of motor
nerves enhanced NT-4/5 expression in skeletal muscle, and
a blockade of neuromuscular endplates with bungarotoxin
led to reduced NT-4/5 expression [39]. Although NT-4/5
expression appears relatively strong in skeletal muscle of
adult rats, several studies including our own suggest the
expression of NT-4/5 to be dependent on fiber type [14, 40].
One study found NT-4/5 to be equally distributed in both
muscle types in humans [40], while another, using in situ
hybridization and immunohistochemistry, found NT-4/5 to
be selectively expressed in the slow-twitch fibers of mice.
In contrast, our Western blot analysis [14] demonstrated
that NT-4/5 expression is higher in fast-type (extensor
digitorum longus, tibialis anterior, and gastrocnemius) than
slow-type (soleus) muscles. Immunohistochemical analysis
revealed NT-4/5 protein within vesicle-like structures that
are diffusely distributed in the cytosol of muscle fibers
in the tibialis anterior muscle. Low levels of NT-4/5
immunoreactivity were also observed around the edge of
soleus muscle fibers. Furthermore, Carrasco and English [7]
found, using Fisher 344 rats, that intramuscular injections
of recombinant NT-4/5 (1.5 μg) into the soleus muscle
of neonates significantly accelerated the normal fast-to-
slow myosin heavy chain (MHC) isoform transformation.
The sequestration of endogeneous NT-4/5 with TrkB-IgG
prevented this transformation from occurring. Intriguingly,
administration of another TrkB ligand did not affect the
normal course of the transformation in this muscle. In their
study, the developmental upregulation of NT-4/5 mRNA
expression in rat soleus muscle fibers occurred earlier than
the upregulation of MHCI mRNA expression associated with
muscle fiber transformation. This finding would indicate
that the NT-4/5 protein is expressed more abundantly in
the soleus muscle because of the slow-type characteristics.
Although the expression pattern of NT-4/5 appears to differ
depending on the species of animal and with postnatal
growth, NT-4/5 is important for maintaining various func-
tions (fiber-type conversion, survival of motoneuron, the
formation of NMJ, etc.) in skeletal muscle.

The expression of GDNF has been found in a variety of
tissues and cells outside of the CNS, including skeletal muscle
and Schwann cells [21, 41, 42]. Earlier studies indicated
that GDNF is important to the survival of motoneurons
during myogenesis and regulates the postnatal change from
multi-innervation to single innervation. In general, GDNF
expression seems to peak during early myogenesis and to be
negligible in mature skeletal muscle. A more recent study
clearly demonstrated the existence of GDNF mRNA and
protein in both slow-type soleus and fast-type EDL muscles,
especially the former [43].

2.2. Neurotrophin Receptors. Figure 1 indicates possible
interactions between several neurotrophins and these recep-
tors in mammalian muscle. The low-affinity NT receptor
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Figure 1: The interaction (preference of binding) between neurotrophins and these receptors. The low-affinity receptor p75NTR binds all
neurotrophins with similar affinity but not different kinetics. Trk receptors are a family of transmembrane glycoprotein, which includes
three members, TrkA, TrkB, and TrkC. The full-length TrkA, TrkB, and TrkC have estimated molecular weights of 140, 145, and 145 kDa,
respectively. Each Trk preferentially binds a single neurotrophin. TrkA is the receptor for NGF, both BDNF and NT-4/5 bind to TrkB, and
NT-3 is the ligand for TrkC. GDNF dimer forms a complex with GFR-α1, and this complex induces dimerization of Ret. BDNF: brain-derived
neurotrophic factor, GDNF: glial cell-line derived neurotrophic factor, and NT-4/5: neurotrophin-4/5.

(p75NTR) binds both neurotrophin precursor proteins and
all mature neurotrophins. It is expressed in developing rat
myoblasts and in adult rat and chicken muscle [44–46].
In chicks, all somitic cells strongly express p75NTR mRNA
during early development [47]. Subsequently, as the somite
becomes subdivided into the dermatome, myotome, and
sclerotome, p75NTR mRNA expression becomes high in
dermatome and sclerotome and decreases to low levels in the
myotome [45].

In the adult rat, both the long form of TrkA mRNA
and a short isoform that lacks 18 base pairs coding for an
insert in the extracellular region are expressed in skeletal
muscle [45]. TrkB is also found in the muscle of adult
mice [48]. Our group found that the truncated TrkB was
highly expressed in muscle, but the full-length TrkB was also
detectable, at least at low levels [14, 45]. TrkB expression
varies depending on the type of skeletal muscle [14, 45].
TrkB is more abundant around the edge of myofibers of
the soleus muscle than gastrocnemius muscle. Full-length
TrkB and TrkB-T1 appear in close proximity to motor
endplates in skeletal muscle. In contrast, a more recent
study [49] using real-time PCR detected both the truncated
and full-length TrkB mRNA in the predominantly fast-
twitch medial gastrocnemius muscles. It is possible that the
equivocal results regarding the expression of TrkB in skeletal
muscle are due to methodological differences, because there
are discrepant sensitivities between the sensitivity of tech-
niques utilized to establish protein versus mRNA expression
changes. Other studies have found the colocalization of TrkB
with mitochondrial membrane [50] and endothelial cells

[51] in skeletal muscle, although the role of TrkB at these
locations is not entirely understood.

Both GDNF receptor (GFR)α1 and GFRα2 are expressed
abundantly in the developing and adult central and periph-
eral nervous systems [52, 53]. GFRα3 mRNA was detected in
spleen, lung, liver, heart, and kidney, but not in brain, skeletal
muscle, or testis [54].

2.3. Neurotrophins at NMJs. Whether and if so how neu-
rotrophins modulate the development and function of
motor endplates in skeletal muscle has still not been fully
elucidated. Neurotrophins have been shown to potentiate the
spontaneous activity of developing neuromuscular synapses
in culture [55, 56]. The situation in vivo, however, is less
clear. Overexpression of NT-4/5 in myoblasts in developing
Xenopus laevis embryos leads to the enhanced release of
acetylcholine in innervating motor terminals, and additional
postsynaptic effects were observed with increased mean
burst duration of low-conductance acetylcholine (ACh)
receptor (AChR) channels [57]. NT-4/5 overexpression in
myocytes leads to the enhanced spontaneous activation of
skeletal muscle [57]. This suggests that NT-4/5 modulates
neuromuscular transmission and that this involves effects via
pre- and postsynaptic TrkB receptors. Indeed, a more recent
study [58] using confocal microscopy clearly demonstrated
immunoreactivity to BDNF, NT-4/5, p75, and TrkB at NMJs
in the mouse levator auris longus muscle.

Both BDNF and NT-4/5 acted on TrkB receptors in the
pre- and postsynaptic part of the NMJ [59, 60]. BDNF and
NT-4/5 inhibited agrin-induced AChR clustering in cultured
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chicken myotubes, whereas NGF and NT-3 had no effect
[60].

It was demonstrated that GDNF enhanced spontaneous
neurotransmitter release in amphibian neuron-myocyte
cocultures and isolated neuromuscular preparations from
mice [61]. Treating frog neuron-muscle co-cultures with
GDNF increased the frequency as well as amplitude of
spontaneous synaptic currents [62]. In addition, using quan-
titative data from double-labeled imaging, Yang and Nelson
[63] found that GDNF induced a quick and substantial
increase in AChR insertion as well as lateral movement into
AChR aggregates in the surface membrane of mouse primary
cultured muscle cells. Furthermore, transgenic mice with
muscle-specific overexpression of GDNF exhibit hyperinner-
vation of the muscle at birth and delayed synapse elimination
[21]. Although all of the findings made in vitro and with
transgenic mice show that GDNF plays an important role
in the formation and maturation of NMJs, there is no direct
evidence (e.g., immunofluorescence) that the GDNF protein
exists at NMJs in normal mammalian skeletal muscle in vivo.

3. Effect of Exercise on Neurotrophin and
Neurotrophin Receptor Expression

Increased physical activity has been shown to alter the
structure and function of the NMJ. Exercise increases the size
and degree of branching of motor nerve terminals at the NMJ
[64], the total area of both pre- and postsynaptic elements
[65], and the amount of ACh released [66]. Endurance
exercise in young animals results in the hypertrophy of nerve
terminals and an increase in neurotransmitter release [67].
Increased exercise training has also been shown to have
effects on neurotrophic factor expression in mammalian
skeletal muscle. BDNF mRNA expression has consistently
been shown to increase in the CNS and peripheral nervous
system (PNS) in a dose-dependent manner following exercise
[68, 69]. Recently, brief treadmill training bouts over 5 days
were found to produce large increases in BDNF mRNA
in soleus muscle [70, 71] that do not follow the positive
dose-response relationship originally demonstrated in the
nervous system with voluntary wheel running [68, 69, 72,
73]. As BDNF and NT-4/5 can initiate intracellular signaling
through the same cell surface receptor, TrkB [74, 75], it is of
interest that NT-4/5 has not been evaluated following similar
exercise. To date, only one study has addressed the issue of
exercise-induced NT-4/5 expression, finding no significant
elevation of NT-4/5 protein levels in the vastus lateralis of
two aerobically trained individuals.

In Sprague-Dawley rats exercised on a treadmill at speeds
of up to 20 m/min with a 5% incline, BDNF mRNA expres-
sion was enhanced in soleus muscle following 5 days (184%)
but not 10 days of exercise. NT-4/5 and TrkB mRNA levels
were not affected at either time point. The exercise-elicited
increase in BDNF expression in muscle seems to influence
neurotrophin levels in motoneurons. Gómez-Pinilla et al.
[69] indicated a marked increase in BDNF mRNA but not
protein in soleus muscle after 5 consecutive days of treadmill
training. In contrast, ELISA and immunohistochemistry

showed an increase in the protein but not mRNA in
lumbar motoneurons after this training. It is known that
motoneurons can retrogradely transport BDNF that has
been injected into skeletal muscle [76] or the sciatic nerve
[77, 78] and that the administration of BDNF can prevent
the degeneration of motoneurons [76, 78]. These findings
raise the question of whether these neurotrophic factors
play a role in the routine maintenance and plasticity of the
neuromuscular system.

Wehrwein et al. [43] showed that GDNF protein content
increased with involuntary exercise in skeletal muscle but
decreased with hindlimb suspension. This adaptation of
GDNF protein content elicited by exercise seems to be
dependent on muscle fiber type. More recently, McCullough
et al. [79] found that low-intensity exercise (10 m/min,
45 min/day, 2 weeks) increased and decreased the amount
of GDNF in the soleus and EDL muscles, respectively, corre-
sponding with the change in the average endplate area. Such
a change in GDNF content was observed after both 4 hours
of electrical stimulation and mechanical stretching in both
muscles. Interestingly, pretreatment with α-bungarotoxin
blocked the stretch-induced decrease in GDNF protein in
EDL muscle and uncovered a stretch-induced increase in the
protein in soleus muscle. Therefore, ACh may act on nAChRs
to regulate GDNF protein content. The application of GDNF
increased spontaneous transmitter release from motor nerve
terminals in skeletal muscles of both neonatal mice [61]
and from nerve muscle co-cultures [62]. Treatment with
exogeneous GDNF caused continuous synaptic remodeling
and axonal branching at the NMJ [80]. Figure 2 provides an
overview of molecular pathway of neurotrophic factors to
regulate to neurotransmission, hypertrophy, or fat oxidation
in skeletal muscle.

4. Possible Role of Neurotrophins during
Muscle Regeneration

Experimental results indicate neurotrophins (particularly
NGF) to be involved in muscle regeneration. NGF improved
the muscle-regenerating capacity of muscle stem cells in
dystrophic muscle [81]. In addition, phenotypic knockout
of NGF resulted in skeletal muscle atrophy and dystrophy
in adult mice [6, 82]. In humans, regenerating muscle fibers
from patients affected by Duchenne and Becker muscular
dystrophies consistently express NGF, as do myofibroblasts
and mast cells. Interestingly rest fibers from healthy subjects
did not show NGF immunoreactivity or NGF protein [6].
Moreover, regenerating myofibers expressed NGF recep-
tors, TrkA-receptor [83] as well as p75NTR [84]. Taken
together, these results indicate that, in dystrophic muscles,
NGF expression might be able to trigger and favor the
regeneration process. In fact, Deponti et al. [85] provided
the direct evidence that NGF-p75NTR signaling regulates
the differentiation of satellite cells in vivo. They utilized
a tissue-permeable form of a NGF-competing peptide
(P75NTRTAT4) or the control peptide TAT4 starting 48 h
after damage (cardiotoxin injection). Six days after the
cardiotoxin injection, regenerating centro-nucleated fibers



Journal of Biomedicine and Biotechnology 5

Enhanced
transmission

Exercise
(neuromuscular activity)

GDNF

Ret

Synaptic nucleus

BDNF

Axon terminal

TrkB

Fat oxidation

NT-4/5

TrkB

Akt

Rheb

mTOR

p70S6K

TORC1
AMPK

ACC

Brain (learning, memory)

Figure 2: Schematic diagram of the functional role of skeletal muscle-derived neurotrophic factors after exercise. Exercise (neuromuscular
activity) increases BDNF expression in skeletal muscle. In the patients with spinal cord injury, BDNF stimulates protein synthesis by
activating Akt/mTOR/p70S6K pathway through TrkB receptor on muscle membrane. BDNF also promotes the fat oxidation through AMPK-
ACC signaling. BDNF produced by skeletal muscle after exercise may circulate into brain to improve the impaired learning and/or depression.
Increased GDNF protein after exercise promotes the amount of neurotransmitter (e.g., ACh) at NMJ by conjugating with Ret in presynaptic
region (axon terminal). NT-4/5 may possess similar role of GDNF. BDNF: brain-derived neurotrophic factor, GDNF: glial cell-line derived
neurotrophic factor, NT-4/5: neurotrophin-4/5, NMJ: neuromuscular junction, TORC1: a component of TOR signaling complex 1, Rheb:
Ras homolog enriched in brain, mTOR: mammalian target of rapamycin, AMPK: AMP-activated protein kinase, and ACC: acetyl CoA
carboxylase.

were present in the control, whereas no regeneration was
apparent in the muscles treated with P75NTRTAT4. At 10
days, regeneration occurred also in the P75NTRTAT4-treated
animals, however, it was significantly less extensive than
in controls with a persistence of embryonic MHC. At this
time, they observed the marked upregulation in RhoA-GTP
expression in regenerating muscle treated with P75NTRTAT4
compared to control muscle. During muscle regeneration
in vivo, NGF-p75NTR signaling seems to promote myogenic
differentiation by inhibiting RhoA-GTP as demonstrated in
vitro using pull-down assays [85].

The role of BDNF in skeletal muscle development and
function has been difficult to determine due in part to
the early postnatal death of the BDNF knockout mouse
(BDNF−/−)[86]. More recently, Clow and Jasmin [87]
generated a mouse in which BDNF is specifically depleted

from skeletal muscle cells to examine the functional role
of muscle-derived BDNF in vivo. Mice carrying the LoxP-
targeted BDNF allele (BDNFf/f ) were crossed with Myf5-
Cre mice to generate BDNFf/wt;Myf5-Cre progeny, and
then backcrossed with BDNFf/f homozygotes to produce
BDNFf/f ;Myf5-Cre mice (BDNFMKO). At P7, BDNF tran-
script levels were decreased by ∼50% in BDNFMKO muscles
compared with controls. Although overall muscle histology
is not affected in the absence of muscle-BDNF, they observed
the decreased expression (by 30%) of a satellite cell marker,
Pax7. After the injection with cardiotoxin, BDNF-depleted
muscle showed lower levels of differentiation-promoting
factors such as myogenin, MyoD, and embryonic MHC as
well as the delayed appearance of newly centrally nucleated
fibers in the regenerating muscle during 1–5 days [87].
Furthermore, treatment with exogeneous BDNF protein was
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sufficient to rescue normal gene expression and myotube size
in BDNFMKO mice probably due to the upregulation of Pax7
expression.

In contrast, a previous study by this same group showed
that siRNA-mediated depletion of BDNF resulted in the
precocious differentiation of rat L6 myoblasts [35]. There
are many possible causes for the disparity observed between
these studies. First, there are intrinsic differences in the
properties of immortalized cell lines and primary cultures.
Second, the developmental timing of BDNF depletion dif-
fered between these studies. These differences, in conjunc-
tion with the different mechanisms used to deplete BDNF
expression (siRNA transfection versus transgenic knock-
out) could result in altered responses of satellite cells to
signals that promote growth, differentiation, or both. Finally,
it becomes important to consider that many features of
embryonic muscle development are recapitulated during
muscle regeneration, with similar changes in muscle gene
expression, physiological properties, and functional charac-
teristics. In BDNFMKO muscle, Pax7 expression is decreased,
satellite cell differentiation is defective, and regeneration is
delayed.

GDNF signaling seems to have an important role during
muscle regeneration. Using in situ hybridization histochem-
istry, Kami et al. [88] investigated whether the expression of
GDNF-linked molecules significantly changes in regenerat-
ing muscle. They utilized muscle contusion to elicit extensive
damage, because this approach directly damages muscle cells,
blood vessels, intramuscular nerves, and extracellular matrix
components. They found that muscle contusion induced
increases in GDNF and GFRα1 mRNAs in Schwann cell-
like cells in the intramuscular nerves. GFRα1 and RET
mRNA expression in motoneurons was upregulated. We have
also observed such motoneuronal activation after muscle
damage with bupivacaine [14]. Our immunoprecipitational
analysis clearly showed the phosphorylation of TrkB in the
spinal cord at 1 day after pharmacological muscle damage
(bupivacaine). These findings suggest that a rapid and
prominent increase in the receptor components for GDNF
or TrkB in motoneurons is important for the regeneration of
intramuscular motor nerves damaged by muscle contusion
and bupivacaine injections.

5. Neurotrophin and Neuromuscular Disorders

5.1. Sarcopenia. Aging is associated with a progressive
decline of muscle mass, quality, and strength, a condition
known as sarcopenia [89]. Age-related muscle loss is a
result of reductions in the size and number of muscle fibers
possibly due to a multifactoral process that involves physical
activity, nutritional intake, oxidative stress, and hormonal
changes [90, 91]. The specific contribution of each of these
factors is unknown but there is emerging evidence that
the disruption of several positive regulators (Akt and SRF
(serum response factor)) of muscle hypertrophy with age
is an important feature in the progression of sarcopenia
[92–94]. In addition, marked motoneuron loss and aber-
rant neuromuscular sprouting have been observed in aged
mammals. Neurotrophic factors expressed in skeletal muscle

are essential to motoneuron survival and muscle fiber inner-
vation during development. Spinal motoneurons express
cognate receptors for these neurotrophic factors, and during
aging, major changes take place in their expression pattern.
Whereas the expression of TrkB and Trk C is downregulated,
that of the components of the GDNF receptor (GFRα1 and
Ret) is upregulated [95]. This pattern of regulation mirrors
the altered expression of the corresponding neurotrophic
factors in target muscles [22]. GDNF, one of the most
potent neurotrophic factors for motoneurons, is markedly
up-regulated in human as well as rat muscle tissue during
aging [22]. In addition, muscle-derived CNTF receptor-α
is considered to play an important role in muscle fiber
innervation/reinnervation [96]. Edström et al. [97] showed
increased levels of CNTF receptor-α in sarcopenic muscle
compared with normal adult muscle. The increase in GDNF
and CNTF receptor-α in sarcopenic muscles probably reflects
signaling from regenerating/denervated muscle fibers to
attract motor axons. Although this is evidence for increased
GDNF signaling from muscle to motoneurons during aging,
it is not sufficient to restore appropriate innervation of the
muscle fibers.

5.2. Myopathies. As in animal models, pathological situa-
tions can modify neurotrophin expression. NGF concentra-
tions were measured by enzyme immunoassay in muscle
biopsies from subjects with amyotrophic lateral sclerosis
(ALS) or inflammatory myopathies [13]. NGF levels were
significantly (140%) higher in patients with ALS than in the
control subjects. In inflammatory myopathies, the increase
was not significant. Age and gender had no influence on
NGF concentrations in muscle. However, both mRNA and
protein levels of NGF, BDNF, and NT-4/5 were increased in
postmortem biopsies tissue of 15 ALS patients in comparison
to controls, suggesting that some of the earlier data have to
be reinvestigated and only biopsies from individuals with a
postmortem period of less than 3 h should be tested [98].
During the course of the disease, upregulation of BDNF
expression is observed in the early phase and the increase of
NGF and NT-4/5, in later stages. In the spinal cord of ALS
patients, a reduction in BDNF and no significant change in
the amount of NT-4/5 were observed in spite of the elevated
NGF expression. A decreased level of phosphorylated TrkB
protein was also detected, suggesting impaired TrkB signaling
[99]. Importantly, p75NTR expression was induced in spinal
cord motoneurons and denervated Schwann cells in ALS
[100, 101]. Collectively, these results suggest that motor
neurons switch from BDNF to NGF responsiveness in
human ALS. Systemic administration of a modified cyclic
decapeptide p75NTR antagonist conjugated to the TAT4 cell
permeabilization sequence to presymptomatic transgenic
SOD1G93A mice affected neither disease onset nor disease
progression, as determined by hindlimb locomotion, grip
strength, and survival [102].

In muscle from patients with DMD, NGF was expressed
in regenerating fibers and connective tissue myofibroblast
[103]. Rest fibers from dystrophic patients, as well as muscle
fibers from healthy subjects and regenerative muscle fibers
in patients with polymyositis (PM), did not show NGF
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immunoreactivity. In another study, NT-4/5 protein and
mRNA were found in both type I and type II fibers of healthy
aerobically trained athletes and patients with mitochondrial
encephalomyopathies [40]. However, in ragged-red fibers,
which are present more frequently in highly oxidative type
I fibers than in glycolytic type II fibers of patients with
mitochondrial encephalomyopathies, NT-4/5 expression is
upregulated in contrast to muscle fibers from healthy
subjects.

P75NTR expression has also been found in normal and
pathological human muscle [84, 104]. Normal muscle cells
from 12- to 22-week-old fetuses stained strongly for P75NTR

[84]. In adult muscle, only intramuscular nerve endings
showed immunoreactivity with no staining detected in
muscle fibers [84]. The outer surface of some regenerating
musclefibers, in muscle biopsy specimens from patients with
muscular dystrophies, was positively stained for P75NTR [84,
104]. P75NTR mRNA expression was also detected using in
situ hybridization in such cells.

Some muscular dystrophies would affect the amount of
neurotrophin in the CNS as well as skeletal muscle. Our
previous study [105] indicated the upregulation of GDNF
protein and reciprocal downregulation of NT-4/5 protein
in cerebellum and spinal cord motoneurons of merosin-
deficient dy mice. In particular, our immunohistochem-
ical analysis using dy mice clearly showed the marked
enhancement of GDNF protein in the Purkinje and granule
cells of the cerebellum and in many lumbar motoneurons.
At this time, the microtubule-associated protein-2 (MAP-
2) protein level was markedly decreased in these regions.
Therefore, GDNF expression in the cerebellum and spinal
cord appears to play a role in the fundamental disorders
caused by a lack of merosin. Nico et al. [106] found
marked immunoreactivity of NGF in neurons, astrocytes,
and ependymal cells in the mdx brain different to the faint
NGF expression only in neurons and astrocytes. In addition,
they demonstrated that mdx brain possessed NGFRs on both
glial and endothelial cells different to the absence of NGFR
protein expression in endothelial cells in controls. Since some
muscular dystrophies include a disorder of the CNS, elevated
and/or decreased neurotrophin levels may further degrade
the pathological symptoms.

5.3. Spinal Cord Injury. Spinal cord injury is a devastat-
ing neurological condition that produces muscular pare-
ses/paralyses caudal to the lesion level, leading to a pro-
nounced loss of muscle mass and severe muscle atrophy
[107]. This paraplegia-induced muscle atrophy increases
the risk of developing secondary health problems such as
cardiovascular disease and diabetes in paraplegic patients
[108]. Muscular disuse severely reduces the expression of
BDNF protein and mRNA in both lumbar spinal cord and
soleus muscle in acute and chronic stages after spinal cord
injury. This trophic factor can activate rapamycin (mTOR),
a protein that participates in mammalian cell size control
and plays an important role in muscular tropism [109].
Furthermore, paraplegia-induced muscle atrophy in rats
has been associated with a downregulation of the mTOR
signaling pathway [110].

Studies have shown that repetitive motor activity, such as
cycling exercise training, accelerates muscle size restoration
after complete spinal cord injury in rats [111, 112]. In
addition, treadmill training has been shown to diminish
the extent of muscle atrophy [107] and restores BDNF
levels in both the lumbar spinal cord and soleus muscle
[113] in moderate spinal cord injury models. Furthermore,
more recently, Ilha et al. [114] conducted a 9-week step-
program for rats with complete spinal cord transection
(SCT) at T8-T9. Step training, initiated immediately after
SCT in rats, partially reverted muscular atrophy in chronic
paralyzed soleus muscle possibly due to BDNF upregula-
tion. Therefore, BDNF produced in response to treadmill
training appears to ameliorate the symptoms of spinal cord
injuries.

5.4. Diabetes. BDNF has been identified as a key component
of the hypothalamic pathway that controls body weight and
energy homeostasis [115]. Most recently, Pederson et al. have
shown that BDNF appears to be a major player not only
in central metabolic pathways but also as a regulator of
metabolism in skeletal muscle [13]. Interestingly, individuals
with both obesity and type 2 diabetes possess low levels of
circulating BDNF [116] similar to patients with Alzheimer’s
disease [117], major depression [118], or acute coronary
syndrome [119]. In a human in vivo model, Pedersen et
al. [120] demonstrated that the cerebral output of BDNF
was inhibited under hyperglycemic clamp conditions. The
latter finding may explain the concomitant finding of low
circulating levels of BDNF in individuals with type 2 diabetes
and the association between low plasma BDNF levels and
the severity of insulin resistance [116]. The human data are
in accordance with reports from animal models suggesting
that BDNF also plays a role in insulin resistance and in
energy balance. BDNF administration has beneficial effects
on glucose homeostasis and improves insulin resistance in
obese diabetic animal models, such as C57BL/KsJ-db/db
mice, even when food intake is controlled [121, 122]. It
was found that BDNF mRNA and protein expression were
increased in human skeletal muscle after exercise; however,
muscle-derived BDNF appeared not to be released into
the circulation. Since BDNF increased the phosphorylation
of AMP-activated protein kinase (AMPK) and acetyl CoA
carboxylase and enhanced fat oxidation both in vitro and
ex vivo, contraction-induced muscle-derived BDNF may
increase fat oxidation in an AMPK-dependent fashion.

6. Conclusions

This paper summarized and highlighted the current under-
standing of the normal distribution and functional role of
neurotrophin in skeletal muscle during exercise, regener-
ation, and disorders. In particular, many researchers are
interested in the important role of BDNF in learning and
memory [123] or glucose metabolism as well as adaptations
in skeletal muscle. A strategy for controlling the amount of
BDNF may be also effective in the future treatment of various
muscular disorders.
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[113] K. J. Hutchinson, F. Gómez-Pinilla, M. J. Crowe, Z. Ying,
and D. M. Basso, “Three exercise paradigms differentially
improve sensory recovery after spinal cord contusion in rats,”
Brain, vol. 127, no. 6, pp. 1403–1414, 2004.

[114] J. Ilha, N. B. da Cunha, M. Jaeger et al., “Treadmill step
training-induced adaptive muscular plasticity in a chronic
paraplegia model,” Neuroscience Letters, vol. 492, no. 3, pp.
170–174, 2011.

[115] B. E. Wisse and M. W. Schwartz, “The skinny on neu-
rotrophins,” Nature Neuroscience, vol. 6, no. 7, pp. 655–656,
2003.

[116] K. S. Krabbe, A. R. Nielsen, R. Krogh-Madsen et al., “Brain-
derived neurotrophic factor (BDNF) and type 2 diabetes,”
Diabetologia, vol. 50, no. 2, pp. 431–438, 2007.

[117] C. Laske, E. Stransky, T. Leyhe et al., “Stage-dependent
BDNF serum concentrations in Alzheimer’s disease,” Journal
of Neural Transmission, vol. 113, no. 9, pp. 1217–1224, 2006.

[118] F. Karege, G. Perret, G. Bondolfi, M. Schwald, G. Bertschy,
and J. M. Aubry, “Decreased serum brain-derived neu-
rotrophic factor levels in major depressed patients,” Psychi-
atry Research, vol. 109, no. 2, pp. 143–148, 2002.

[119] L. Manni, V. Nikolova, D. Vyagova, G. N. Chaldakov, and L.
Aloe, “Reduced plasma levels of NGF and BDNF in patients



12 Journal of Biomedicine and Biotechnology

with acute coronary syndromes,” International Journal of
Cardiology, vol. 102, no. 1, pp. 169–171, 2005.

[120] B. K. Pedersen, M. Pedersen, K. S. Krabbe, H. Bruunsgaard,
V. B. Matthews, and M. A. Febbraio, “Role of exercise-
induced brain-derived neurotrophic factor production in the
regulation of energy homeostasis in mammals: experimental
Physiology-Hot Topic Review,” Experimental Physiology, vol.
94, no. 12, pp. 1153–1160, 2009.

[121] T. Nakagawa, A. Tsuchida, Y. Itakura et al., “Brain-derived
neurotrophic factor regulates glucose metabolism by modu-
lating energy balance in diabetic mice,” Diabetes, vol. 49, no.
3, pp. 436–444, 2000.

[122] J. R. Tonra, M. Ono, X. Liu et al., “Brain-derived neu-
rotrophic factor improves blood glucose control and alle-
viates fasting hyperglycemia in C57BLKS-Lepr(db)/lepr(db)
mice,” Diabetes, vol. 48, no. 3, pp. 588–594, 1999.

[123] Y. F. Liu, H. I. Chen, C. L. Wu et al., “Differential effects
of treadmill running and wheel running on spatial or
aversive learning and memory: roles of amygdalar brain-
derived neurotrophic factor and synaptotagmin I,” Journal of
Physiology, vol. 587, no. 13, pp. 3221–3231, 2009.


