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Whether in health or disease, reactive oxygen and nitrogen
species (ROS/RNS) affect smooth and striated muscle status
and function in ways not always discernible or appreciated.
Despite the technological and methodological advancements,
some key challenges still exist. On the one hand, one chal-
lenge is to appreciate acute effects on contractility and/or bio-
energetics within a realistic functional context, effectively
linking in vitro observations to in vivo conditions. On the
other hand, chronic effects on indices of clinical significance
are more difficult to clarify given the interplay of redox status
variations with systemic inflammation and autophagy but
also with lifestyle factors such as nutrition and physical
activity—which impact on systemic health indices, as well
as directly on smooth and striated muscles.

Redox disturbances are associated with various hallmarks
of health deterioration. Regarding skeletal muscle atrophy, a
common denominator of many diseases, it remains quite dif-
ficult to discern disuse-induced from disease-induced atro-
phy and the role of ROS-induced signalling (e.g., Malavaki
et al.). That is because prolonged periods of contractile inac-
tivity lead to increased production of intramuscular ROS [1],
while both immobilization [2] and unloading [3] have been
associated with elevated ROS. Many groups are researching
the role of ROS/RNS in disturbing the protein balance from
protein synthesis to protein degradation via acceleration of
proteolysis and depression of synthesis [4]. Others examine
if oxidative stress may help explain chronic disease effects
on muscle status [5]. Likewise, there is increasing work on
the interplay of autophagy, viewed as an antiaging system,

and redox imbalances that may affect the contractile and
the neuromuscular junction machineries and may modify
the overall progress of neurogenic muscle atrophy (e.g.,
[6, 7]). Moreover, redox imbalances directly modulate force
generation with scientific interest turning towards the inter-
action between muscle adaptations to chronic redox imbal-
ances and acute responses to ROS accumulation (e.g., [8]).
Various international groups and networks have thus under-
taken the challenge to characterize the crosstalk between
other organ systems and muscles and to decipher the role
of redox imbalances in early muscle disease detection, or to
monitor longitudinal changes, in order to devise preventive
strategies to counteract muscle tissue pathogenesis, whether
in striated or smooth muscles.

The aim of the present special issue was to provide
updated or novel information regarding the role played by
redox disturbances in the development of muscle dysfunc-
tion acutely and in the long term, stressing the awareness of
these concepts for the monitoring, interpretation, and man-
agement of disease effects on muscle.

The themes covered in this issue ranged from molecular
insights into the role of abnormalities in processes such as
ribosome biogenesis in smooth muscle (Q. Wu et al.) and
iron homeostasis in cardiomyocytes (A. Bolotta et al.) in
redox status to evidence of strategies which may modulate
mitochondrial dysfunction and muscle wasting in sepsis
(X. Yu et al., C. Andreani et al.). Two descriptive studies char-
acterized skeletal muscle atrophy in chronic diseases (renal
insufficiency and rheumatoid arthritis) and demonstrated
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the inadequacy of frequently used circulating redox markers
to reflect muscle redox status. Resting plasma redox status, of
the indices studied, did not readily correlate with intramus-
cular levels (K. P. Poulianiti et al.), while different muscles
also exhibited distinct differences in predominating antioxi-
dant mechanisms at play (A. B. Oyenihi et al.), highlighting
that tissue-specific research approaches are still much
needed. In addition, a review provided a holistic picture of
oxidative stress-related mechanisms by which ageing muscle
loses both mass and strength (P. Szentesi et al.). This review is
particularly timely, given not only the increasing average age
and life expectancy of the global population but also the
increasing evidence for western lifestyle-related accelerated
ageing in which skeletal muscle is greatly affected; as are other
muscle types. This was demonstrated in rats fed with a
hypercaloric diet, where redox disturbances were linked to
impaired intestinal contractility (I. L. L. de Souza et al.).
Finally, in a model of experimental ischemia/reperfusion
injury in rats (Y. Zhang et al.), the integrated crosstalk
between nerve stimulation, inflammatory response, redox
signalling, and endothelial function was further elucidated.

All of the studies contained in this issue advance our
understanding of the effects that redox imbalances may have
on muscle properties and pose new exciting questions to be
pursued by the scientific community.
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Ribosome biogenesis is a crucial biological process related to cell proliferation, redox balance, and muscle contractility. Aortic
smooth muscle cells (ASMCs) show inhibition of proliferation and apoptosis, along with high levels of oxidative stress in aortic
dissection (AD). Theoretically, ribosome biogenesis should be enhanced in the ASMCs at its proliferative state but suppressed
during apoptosis and oxidative stress. However, the exact status and role of ribosome biogenesis in AD are unknown. We
therefore analyzed the expression levels of BOP1, a component of the PeBoW complex which is crucial to ribosome biogenesis,
in AD patients and a murine AD model and its influence on the ASMCs. BOP1 was downregulated in the aortic tissues of AD
patients compared to healthy donors. In addition, overexpression of BOP1 in human aortic smooth muscle cells (HASMCs)
inhibited apoptosis and accumulation of p53 under hypoxic conditions, while knockdown of BOP1 decreased the protein
synthesis rate and motility of HASMCs. The RNA polymerase I inhibitor cx-5461 induced apoptosis, ROS production, and
proliferative inhibition in the HASMCs, which was partly attenuated by p53 knockout. Furthermore, cx-5461 aggravated the
severity of AD in vivo, but a p53-/- background extended the life-span and lowered AD incidence in the mice. Taken together,
decreased ribosome biogenesis in ASMCs resulting in p53-dependent proliferative inhibition, oxidative stress, and apoptosis is
one of the underlying mechanisms of AD.

1. Introduction

According to the Global Burden Disease 2010 report, the
death rate from aortic aneurysms (AA) and aortic dissection
(AD) increased from 2.49 per 100,000 to 2.78 per 100,000
between 1990 and 2010, with higher frequencies among
men [1, 2]. The common pathological basis of both is aortic
media degeneration (AMD), which is characterized by a
decrease in the number of aortic smooth muscle cells
(ASMCs) [3] and matrix degeneration [4]. The phenotypic
transformation of the ASMCs from the contractile to the pro-
liferative form is involved in the process of AMD. Ribosome
biogenesis is an essential process accompanying cell prolifer-
ation, and impaired ribosome biogenesis or function in
mammalian cells leads to nuclear stress, which can cause cell
cycle arrest, senescence, and apoptosis [5]. Studies show that
atrophy of the skeletal muscle is partly due to impaired

ribosome genesis [6, 7], while hypertrophy is associated with
enhanced ribosome biogenesis [8, 9]. In the context of AMD,
therefore, one can surmise that ribosome biogenesis is
enhanced to aid ASMC proliferation. However, since
decreased contractility is another significant change that
occurs in the ASMCs during AMD, ribosome biogenesis
ought to decrease in these cells. Therefore, the ribosomal sta-
tus in ASMCs during AMD needs to be clarified.

Ribosome biogenesis is tightly regulated by the PeBoW
complex, consisting of BOP1, Pes1, and WDR12, which is
involved in 5.8S and 28S ribosomal RNA (rRNA) matura-
tion. A dominant negative mutation in BOP1 has been
associated with cell cycle arrest [10], whereas BOP1 overex-
pression in the liver and colorectal cancer cells increased
their migration ability by activating the Wnt pathway [11,
12]. BOP1 has a short half-life due to the PEST motif [13],
a common peptide motif in most “short-lived” proteins,
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which makes it the core modulator of the PeBoW complex
[14]. Mutation in mouse BOP1 reduced the protein synthesis
rate by nearly 75% [15]. In addition, blocking PeBoW com-
plex function by Pes1 mutation induced p53 elevation [16],
and the accumulation of total and phosphorylated p53 has
been observed in the ASMCs during AMD [17].

In this study, we analyzed the potential role of the PeBoW
complex in ASMC biology during AMD.We found a marked
decrease in BOP1 levels in the aorta of AD patients compared
to those of the brain dead donors, which was validated in a
mouse model of AD. BOP1 knockdown in human ASMCs
(HASMCs) slowed protein renewal, downregulated the con-
tractile proteins α-SMA and MLC, inhibited wound healing
ability, induced apoptosis and ROS production, and elevated
p53 levels. On the other hand, overexpression of BOP1
slightly impaired the proliferation but inhibited apoptosis
and ROS production and p53 accumulation under hypoxic
conditions. Furthermore, the specific RNA polymerase I
inhibitor cx-5461 reduced protein synthesis and induced
apoptosis in the HASMCs. In the murine AD model as well,
cx-5461 promoted the occurrence of AD, which was partly
rescued in the p53-/- mice. Taken together, BOP1 regulates
the redox balance, protein synthesis rate, and contractility
and survival of ASMCs, and aberrant BOP1 expression is
likely involved in AMD pathogenesis.

2. Materials and Methods

2.1. Clinical Samples. This study protocol was approved by
the Clinical Research Ethics Committees of Renmin Hospital
of Wuhan University of China. Informed written consent
was obtained from all patients. Twenty-eight aortic media
specimens were collected from acute type A thoracic AD
patients who underwent emergency aortic replacement sur-
gery between April 2017 and August 2017 and displayed no
phenotypic characteristics of any of the known genetic car-
diac disorders, such as Marfan’s syndrome and Loeys-Dietz
syndrome. In addition, 14 normal aorta samples were col-
lected from brain dead patients who were registered as heart
donors. All samples were carefully removed adventitia and
intima. The clinical data of these patients are summarized
in Table 1.

2.2. β-Aminopropionitrile Diet-Based Mouse AD Model and
p53 Knockout Mouse. The ethical committee of the Renmin
Hospital of Wuhan University approved the animal experi-
ments, which were designed in accordance with the Wuhan
Directive for Animal Research and the Current Guidelines
for the Care and Use of Laboratory Animals published by
the National Institutes of Health. A β-aminopropionitrile-
(BAPN-) based mouse AD model was established according
to a previous report [18]. Three-week-old male C57BL/6
mice were fed a regular diet (control group, n = 10) or BAPN
diet containing 0.25% (w/w) BAPN (TCI, Japan, Cat# A0796)
(BAPN group, n = 10). For ribosome biogenesis interference
study in vivo, mice were injected intraperitoneally (ip) with
cx-5461 in 50 mM NaH2PO4 (pH 4.5) at a dose of 50 mg/kg
per day [19] with (cx-5461+BAPN group, n = 10) or without
a concomitant BAPN diet (cx-5461 group, n = 10). The p53

knockout heterozygous (p53+/-) mice were purchased from
Jackson Laboratory (Bar Harbor, ME) (stock no. 002101,
C57BL/6.129S2-Trp53tm1Tyj/J) and crossed to obtain the
p53-/- and p53+/+ littermates that were also placed on the
BAPN diet to establish AD. All mice were monitored daily,
and survival and death reasons were recorded. The aortic
samples were collected either when the mice died or at the
end of the 8-week study when they were decapitated after
anesthetizing with 1% phenobarbital (Sigma, Cat# 57-33-0).
The injured aortic tissues were resected and fixed in 4%
formaldehyde, while the remaining tissues were stored in
liquid nitrogen.

2.3. Histology, Immunohistochemistry/Immunofluorescence,
and TUNEL Assay. Resected aortic samples from AD
patients, donors, or animal model were fixed in 4% formalde-
hyde overnight, dehydrated, paraffin-embedded, and cut into
4 μm thick sections. The tissue sections were stained with
haematoxylin and eosin (HE), Masson, or elastin Van Gies-
sen (EVG) stains as previously described [20–22]. The sever-
ity of broken elastin fibres was graded according to a
previous report [23], in terms of the ratio of collagen (blue
stained) to muscle fibres (red stained) outside the hematoma
which was calculated by the Image J software based on
Masson-stained images.

For immunohistochemistry (IHC)/immunofluorescence
(IF), the sections were hydrated, heated for antigen retrieval,
and treated with hydrogen peroxide to inactivate the endog-
enous peroxidase as per standard protocols. After blocking
with 5% goat serum, the sections were incubated overnight
with anti-BOP1 (1 : 200; Bioss Biotechnology, Cat# bs-
12877R), anti-Ki67 (1 : 400; Cell Signaling Technology, Cat#
9449), and anti-p53 (1 : 50; Santa Cruz Biotechnology, Cat#
sc-126) antibodies, along with the control IgG (1 : 100, Santa
Cruz Biotechnology, Cat# sc-2025) at 4°C. The sections were
then incubated with horseradish peroxidase- (HRP-) conju-
gated secondary antibody, washed with PBS, and stained
with diaminobenzidine (DAB) (Sangon Biotech, Cat#
A600140). The total and positively stained cells in 10 random
fields of each aortic media section were counted at ×400 mag-
nification, and the percentage of positive cells was calculated.

8-OHdG is the biomarker that indicated the DNA dam-
age induced by ROS. The sections were processed as above
and incubated with primary anti-8-OHdG antibody (1 : 200,
Bioss, Cat# bs-1278R) and anti-α-SMA antibody (1 : 200,
Servicebio, Cat# GB13044). The slides were then incubated

Table 1: Clinical characters of the patients enrolled in this study.

AD group
(n = 28)

Donor group
(n = 14) P value

Male 19/28 13/14 <0.05
Age (mean ± SD) 51 46 ± 11 72 40 71 ± 10 64 <0.05
Hypertension 21/28 6/14 0.403

Type 2 diabetes 1/28 2/14 0.240

Liver complications 10/28 7/14 0.370

Renal complication 11/28 4/14 0.384
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with a secondary antibody conjugated with a fluorescent label
(Cy3-conjugated goat anti-rabbit IgG (H+L) and FITC-
conjugated goat anti-mouse IgG (H+L)) (1 : 200, Servicebio,
Cat# GB21303 and GB22301) for 1 hour at room tempera-
ture and the cell nuclei counterstained with DAPI. Images
were captured using a fluorescence microscope (BX63,
Olympus, Japan).

The TUNEL assay was performed to detect apoptosis in
situ using a commercially available kit (In Situ Cell Apoptosis
Detection Kit, FITC, Sangon Biotech, Cat# E607178) accord-
ing to the manufacturer’s instructions [24]. Positive TUNEL
staining was observed under a fluorescence microscope
(TE2000U, Nikon, Tokyo, Japan) using the B-2A filter
(450–490 nm excitation filter, 505 nm dichroic mirror, and
520 nm band pass filter) at ×400 magnification. The posi-
tively stained cells were counted in 10 random fields and
the percentage apoptotic cells were calculated.

2.4. HASMC Culture and Genetic Manipulation. The
HASMC line (ATCC® PCS-100-012™) was purchased from
the China Centre for Type Culture Collection (CCTCC)
and cultured in HASMC complete medium (Procell, Cat#
CM-H081) at 37°C under 5% CO2 and 100% humidity. For
serum-free and hypoxic treatment, the cells were cultured
at 37°C in serum-free medium under 1% O2, 5% CO2, and
99% N2 in a humidified chamber (Binder, CB-210 hypoxia
workstation). BOP1 knockdown in the HASMCs was estab-
lished by RNA interference using BOP1 (si-BOP1: AUGG
CAUGGUGUACAAUGAdTdT) and related scrambled
(scr: UUCUCCGAACGUGUCACGUdTdT) siRNAs pur-
chased from RiboBio. Briefly, 8 μl of 20 μM scr or si-BOP1
was diluted in 400 μl Opti-MEM (Gibco, Cat# 31985062)
and incubated with 5 μl Lipofectamine 2000 (Invitrogen,
Cat# 11668-027) for 25 min in room temperature. The
mixture was then added to the HASMCs, and the cells were
cultured for 6 h. To overexpress BOP1, HASMCs were trans-
duced with adenovirus carrying BOP1 (Ad-BOP1; Vigene
Bioscience Corporation, Cat# VH806931) or GFP (Ad-
GFP; Vigene, Cat# CV1001).

2.5. Quantification of Protein Synthesis. The rate of protein
synthesis was determined by detecting the amount of
puromycin-labeled nascent polypeptides as previously
described [25, 26]. The cells are cultured in puromycin-plus
medium, which is incorporated into the elongating peptide
chains and terminates mRNA translation, resulting in the
release of the puromycin-labeled truncated peptides from
the ribosome; the amount of which can be determined using
antipuromycin antibodies to reflect the rate of protein syn-
thesis. HASMCs transfected with si-BOP1/scr or treated with
cx-5461 were incubated with 1 μM puromycin for 40 min,
harvested, and lysed. The cell lysates were suitably processed
for western blotting, and the nascent proteins were detected
using the antipuromycin antibody (1 : 1000; Merck Millipore,
Cat# MABE343-AF488). To determine the total protein
quantity in each sample, equal amounts of proteins (40 μg)
per sample were resolved by SDS-PAGE and the gels were
stained with Coomassie blue.

2.6. Cell Viability Assays. HASMCs were seeded in 96-well
plates at the density of 3 × 103/190 μl/well and after over-
night culture were treated with varying concentrations of
cx-5461 (0-20 μM) for 24 hours. For the viability assay,
10 μl tetrazolium salt WST-8 (Cell Counting Kit-8; Keygen,
Cat# KGA317) was added to each well (final volume 200 μl),
and the optical density at 450 nm was measured. The cell via-
bility was calculated as OD450treated/OD450control × 100%. To
study the effect of p53 on cx-5461-induced cell death,
HASMCs were pretreated with 10 μM of the specific p53
inhibitor pifithrin-α (PFTα; Selleck, Cat# S2929) [27] for 12
h before cx-5461 treatment as described above. Similarly, to
assess the influence of BOP1 on HASMC survival, the cells
were transduced with Ad-BOP1 or Ad-GFP and 24 h later
were resuspended and reseeded (0 8 × 103/190 μl/well) in
96-well plates. The cell viability was determined daily for
the next 5 days as described.

2.7. Western Blotting. Tissues or cells were washed with cold
PBS and lysed in RIPA buffer (Beyotime, Cat# P0013K) sup-
plemented with a protease inhibitor cocktail (Roche, Cat#
04693159001). The cell debris was removed by centrifugation
(12000g, 4°C, 10 min) after ultrasonication, and the protein
concentration of the cleared lysates was determined by
BCA assay (Beyotime, Cat# P0010). Equal amounts of
proteins (HASMCs, 20 μg; human aortic tissue, 200 μg; and
mouse aortic tissue, 120 μg) were resolved by 8%-12% SDS-
PAGE and transferred onto polyvinylidene difluoride
(PVDF) membranes (Merck Millipore, Cat# ISEQ00010).
After blocking with 5% skimmed milk in PBS buffer, the
membranes were incubated overnight with anti-BOP1
(1 : 100; Santa Cruz Biotechnology, Cat# sc-390672), anti-
p53 (1:100; Santa Cruz Biotechnology, Cat# sc-126), anti-
ACTA2 (smooth muscle cell actin, a-SMA) antibody
(1 : 800, Proteintech, Cat# 14395-1-AP), antimyosin light
chain-2 (MLC) antibody (1 : 500; Proteintech, Cat# 10906-
1-AP), antipuromycin antibody (1 : 400; Merck Millipore,
Cat# MABE343-AF488), antiactivated caspase 3 (1 : 1000;
Cell Signaling Technology, Cat# 9664), and anti-GAPDH
(1 : 5000; Proteintech, Cat# 60004-1-Ig) primary antibodies
at 4°C. The membranes were washed and incubated with
IRDye-800CW-conjugated goat anti-mouse IgG (1 : 20000;
Li-cor, Cat# 926-32210) or goat anti-rabbit IgG (1 : 20000;
Li-cor, Cat# 926-32211) secondary antibodies. The mem-
branes were scanned by Odyssey (Li-cor Biosciences), and
the grayscale value of each band was qualified by the paired
software. At least 3 independent experiments were per-
formed, except for the mouse aortic protein.

2.8. Wound Healing Assays.HASMCs were seeded in six-well
plates and cultured till 90% confluence. After starving the
cells for 12 h in serum-free medium, the confluent cell mono-
layer was gently scratched in a straight line with a 100 μl
pipette tip. The debris was removed and the edge of the
scratch was smoothed with PBS washing. The gap was then
monitored by phase contrast microscopy at the indicated
time points. A minimum of three independent experiments
was performed.
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2.9. Cytometric Analysis of Cell Apoptosis. Apoptosis in the
HASMCs was detected using the Annexin V-APC/7-AAD
apoptosis detection kit (BD Biosciences, Cat# 561012). The
cells were harvested and washed twice with PBS containing
5% FBS and resuspended in 500 μl binding buffer provided
in the kit. The cells were then incubated with 5 μl Annexin
V-APC and 5 μl 7-AAD at room temperature for 15 min in
the dark. The percentage of apoptotic cells was detected by
flow cytometry using Cell Quest software (BD Biosciences,
San Jose, CA, USA).

2.10. Detection of Reactive Oxygen Species (ROS). Production
of ROS was detected by 5 μM dihydroethidium (DHE,
Yeasen Biotech Co., Cat# 50102ES02). Briefly, HASMCs
were pretreated with 10 μM PFTα for 12 h and adminis-
trated with varying doses of cx-5461 for 24 h. After that,
5 μM DHE was added in the medium and incubated at
37°C for 20 min. After incubation, HASMCs were washed
with PBS, and fluorescence of DHE was detected using a
confocal microscope. The ROS accumulation was also
detected by DCFH-DA kit (Solarbio, Cat# CA1410). HAS
MCs were treated as stated above and stained by DCFH-
DA working solution (10 μM). Cellular fluorescence at
excitation and emission frequencies of 488 nm and 525
nm, respectively, was measured using flow cytometry (BD
FACS Calibur, USA).

2.11. Quantitative Real-Time PCR (qRT-PCR). Total RNA
was isolated by RNAiso Plus (Takara, Cat# 9109) according
to the manufacturer’s instructions. The concentration and
purity of RNA were determined using ultraviolet spectropho-
tometry (Beckman Coulter, USA). The cDNA was synthe-
sized using the RevertAid First Strand cDNA Synthesis Kit
(Thermo Scientific, Cat# K1622) according to the manufac-
turer’s instructions. RT-PCR analysis was performed using
the SYBR Premix Ex Taq II (Takara, Cat# RR820A) in Bio-
systems 7500 Real-Time PCR Systems (ABI, USA). The
primer sequences were as follows: BOP1 forward: 5′-GTGG
GCTTCAACCCCTATGAG-3′, reverse: 5′-CCATGCGAG
AGACCTTCTCC-3′; MLC forward: 5′-TTGGGCGAGTG
AACGTGAAAA-3′, reverse: 5′-CCGAACGTAATCAGCC
TTCAG-3′; α-SMA forward: 5′-AAAAGACAGCTACGTG
GGTGA-3′, reverse: 5′-GCCATGTTCTATCGGGTAC
TTC-3′; and GAPDH forward: 5′-ACTTTGGTATCGTG
GAAGGACTCAT-3′, reverse: 5′-GTTTTTCTAGACGG
CAGGTCAGG-3′.

2.12. Statistical Analysis. Statistical analysis was performed
usingGraphPadPrism5 software.Measurementdatawas pre-
sented as mean ± SD and compared using Student’s t-test or
one-way ANOVA test. Ranking data (elastin broken grading
score) were analyzed by Mann-Whitney test, and the chi-
squared test was used to compare incidence of aortic rupture
between different groups. A log-rank (Mantel-Cox) test
was used to compare Kaplan-Meier survival curves. P values
< 0.05 were regarded as statistically significant.

3. Results

3.1. BOP1 Expression Is Decreased in ASMCs of AD Patients.
The clinical data of 28 AD patients and 14 donors are sum-
marized in Table 1, and significant differences were seen in
terms of age and gender. The main features of AMD are
loss of ASMCs, collagen accumulation, and fragmentation
of elastic fibres. Masson staining showed an increase in
the ratio of the collagen to muscle fibres in the aortic media
of AD patients compared to that of donors (Figure 1(a),
upper panel), while EVG staining indicated fragmented
elastic fibres in the AD aortic samples (Figure 1(a), lower
panel). BOP1 is the crucial component of PeBoW complex,
which regulates rRNA processing, and due to its short half-
life on account of the PEST motif, it might be indicative of
rRNA maturation. A significant decrease was seen in the
BOP1 protein levels in the aortic media of AD patients
(n = 8) compared to those of the donors (n = 4) by western
blotting (Figure 1(b)). Furthermore, BOP1 protein expres-
sion in situ was also downregulated in the ASMCs of AD
patients (n = 28) compared to donors (n = 14) and largely
localized to the nucleus (Figures 1(c) and 1(d)). Since ribo-
some biogenesis is closely related to p53, we further exam-
ined the in situ p53 expression and found significant
elevation and nuclear accumulation (Figure 1(c)) in the
aorta of AD patients (n = 28) compared to donors (n = 14)
(Figures 1(c) and 1(d)). We also found accumulative ROS
in the ASMCs of AD patient by detecting 8-OHdG
(Figure 1(e)).

3.2. Overexpression of BOP1 Attenuated HASMC Apoptosis
under Serum-Free and Hypoxic Conditions. HASMCs trans-
duced with Ad-BOP1 showed significant elevation in BOP1
expression levels compared to the Ad-GFP-transduced cells
(Figure 2(a)). Since BOP1 is overexpressed in various tumors,
we tested its influence on HASMC growth by the CCK-8
assay. Surprisingly, however, overexpression of BOP1 inhib-
ited cell proliferation (Figure 2(b)), although it reversed the
time-dependent apoptosis induced in the HASMCs under
serum-free and hypoxic conditions (Figures 2(c) and 2(d)).
In addition, overexpression of BOP1 significantly alleviated
the increased levels of proapoptotic proteins like activated
caspase 3 and p53. In the control cells, hypoxia reduced
BOP1 expression in a time-dependent manner (Figures 2(e)
and 2(f)).

3.3. BOP1 Knockdown Impaired HASMC Protein Synthesis
Rate and Motility. To determine the role of BOP1 in
HASMC motility, we examined the effect of altering
BOP1 expression on the levels of α-SMA and MLC, which
are associated with the contractility and motility of
HASMCs. BOP1 knockdown decreased the levels of α-
SMA and MLC in the HASMCs (Figures 3(a) and 3(b)).
In addition, HASMC motility was also assessed by the
in vitro wound healing assay, which showed significant
inhibition of scratch recovery after BOP1 knockdown
(Figures 3(d) and 3(e)). To determine the potential effect
of BOP1 on the protein synthesis rate in HASMCs, we pre-
treated cells with puromycin to label the nascent peptides
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Figure 1: BOP1 expression is decreased in ASMCs of AD patients. (a) Images of Masson staining showed collagen (blue) and muscle fibre
(red) in the aortic media derived from AD patients and donors (upper panel). Representative images of EVG staining indicated the
broken elastic fibre in aortic samples derived from AD patients and donors (lower panel). (b) BOP1 protein expression in the aortic media
of donors (n = 4) and AD patients (n = 8) was detected by western blotting, and the related expression level was detected by statistical
analysis and shown. (c) Representative image of the aortic specimens stained by BOP1 and p53 by performing IHC. (d) The positive rate
was detected by statistical analysis and shown. (e) The 8-hydroxy-2′-deoxyguanosine (8-OHdG) level in the aortic media tissues were
detected by performing immunofluorescence and the representative images are shown. Scale bar 50 μm. Data are presented as mean ± SD.
∗∗∗P < 0 001 determined by Student’s t-test.
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Figure 2: Overexpression of BOP1 attenuated HASMC apoptosis under serum-free and hypoxia condition. (a) The expression of BOP1 in
HASMCs was detected after it had been infected with Ad-BOP1 or Ad-GFP for 24 h (left panel). Statistical analysis is shown (right panel).
(b) HASMCs were infected with Ad-BOP1 or Ad-GFP for 24 h. The cells were suspended and reseeded in 96-well plates. CCK-8 assays
were performed to assess the influence of BOP1 on HASMC proliferative ability. The growth curve is shown. (c) After being infected with
Ad-BOP1 or Ad-GFP for 24 h, HASMCs were administrated in serum-free and hypoxia condition for the time shown. Apoptosis was
detected by Annexin V-APC/7-AAD staining and flow cytometry followed. The representative images are shown. (d) The statistical
analysis of apoptosis rate is shown. (e) Western blotting was performed to detect the BOP1, p53, α-SMA, activated caspase 3, and MLC
expression. The representative image is shown (left panel). The statistical analysis is shown (right panel). Data are representative of three
independent experiments and presented as mean ± SD. ∗P < 0 05, ∗∗P < 0 01, and ∗∗∗P < 0 001 determined by one-way ANOVA.
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Figure 3: Continued.
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and detected them using the antipuromycin antibody. As
shown in Figure 3(c), BOP1 knockdown significantly
decreased protein synthesis rate in HASMCs.

3.4. cx-5461-Mediated Inhibition of RNA Polymerase I
Affected Protein Synthesis and p53-Dependent Cell
Apoptosis. To elucidate the association between ribosome
biogenesis and apoptosis, HASMCs were treated with cx-
5461, an inhibitor of RNA polymerase I. CCK-8 assay
indicated significant cytotoxicity of cx-5461 in HASMCs
(IC50 = 1 · 27 ± 0 · 19 μM), which was however attenuated
when the cells were pretreated with the p53 inhibitor
PFTα (IC50 = 9 · 66 ± 0 · 41 μM) (P < 0 001, Student’s t-
test; Figure 4(a)). In addition, cx-5461 also resulted in a
dose-dependent reduction in nascent protein synthesis
(Figure 4(b)), along with increased p53 and activated caspase
3 levels, and a dose-dependent decrease in the levels of BOP1,
α-SMA, and MLC (Figure 4(c)). Furthermore, apoptosis and
ROS production induced by cx-5461 in HASMCs were
attenuated upon PFTα pretreatment (Figures 4(d) and 4(e);
Fig. S1). Consistent with this, p53 and activated caspase 3
protein levels also decreased in the PFTα pretreated cells.
PFTα also partially reversed the cx-5461-induced decrease
in BOP1, α-SMA, and MLC levels (Figure 4(f)).

3.5. Inhibition of RNA Polymerase I by cx-5461 Accelerated
AD in Mice. In order to elucidate the effects of ribosome dys-
function on AD, we established a murine ADmodel based on
BAPN diet and treated the animals with cx-5461 (50 mg/
kg/day). Mice in the cx-5461+BAPN group (n = 10) had an
accelerated development and increased severity of AD and
shorter life-span compared to the control group (n = 10)

(Figure 5(b)). EVG staining showed a higher grade of elastin
fibre breakdown (Figure 5(a)), while Masson staining
revealed a higher collagen-to-muscle fibre ratio in the aortic
tissues of the cx-5461+BAPN mice (Figure 5(c)). Mice fed
with the BAPN diet also showed decreased BOP1 expression
in their ASMCs, which declined further when treated with
cx-5461. Furthermore, cx-5461 treatment further increased
apoptosis and ROS production in the ASMCs of AD mice
and reduced the AD-induced higher proliferative rates
(Figure 5(d); Fig. S2). Consistent with this, cx-5461 exacer-
bated the increase in activated caspase 3 and p53 levels and
the decrease in α-SMA and MLC (Figure 5(e)).

3.6. Knocking Out p53 Reduced the Occurrence of AD in Mice.
Previous studies have shown that impaired rRNA transcrip-
tion increases apoptosis in ASMCs, a phenomenon associ-
ated with p53 accumulation. Therefore, we established the
AD model in p53-/- mice to explore its role in AD. The
p53-/- ADmice (n = 10) had an extended life-span compared
to the p53+/+ AD mice (n = 13) (Figure 6(b)). The represen-
tative images of the gross aorta are shown in Figure 6(a). All
save one (12/13, 92.3%) p53+/+ AD mice died of aortic rup-
ture, hemothorax, and major bleeding, while only 60% (6/10)
of the p53-/- AD mice died of aortic rupture and the remain-
ing 30% of aortic aneurysm and 10% of intestinal obstruction
(Figure 6(c)). However, no significant differences were
observed between the mice in terms of the severity of elastic
breakdown and collagen-to-muscle fibre ratio (Figure 6(d)),
and only a slight increase was seen in aortic BOP1 expression
in the p53-/- AD mice (Figure 6(e)). However, knocking out
p53 decreased apoptosis and ROS production and increased
the proliferative rate (Ki67+ cells) among the ASMCs in the
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Figure 3: BOP1 knockdown impaired HASMC protein synthesis rate and motility. (a) After being transfected with scramble (scr) or BOP1
siRNA (si-BOP1) for 48 h, the expression of BOP1, α-SMA, andMLCwas detected by western blotting. The expression levels were detected by
statistical analysis and shown. (b) Real-time PCR was performed to detect the mRNA level of BOP1, α-SMA, and MLC in HASMCs after
being transfected with si-BOP1 or scr for 48 h. (c) HASMCs were transfected with si-BOP or scr for 48 h and administrated with
puromycin (1 μg/ml) for 40 min to label the nascent protein. The equal amount of protein was electrophoresed and stained with
Coomassie blue to indicate the total protein (left panel). Western blotting was performed to detect the nascent protein by using
antipuromycin antibody (middle panel). The statistical analysis of nascent protein/total protein is shown (right panel). (d) Wound healing
assay detected the mobility of HASMCs after being transfected with si-BOP1 for 48 h and photographed at the indicated time. The red
dotted lines indicated the extent of scratches. (e) The extent of scratches was measured and detected by statistical analysis. Data are
representative of three independent experiments and presented as mean ± SD. ∗P < 0 05, ∗∗P < 0 01, determined by Student’s t-test.
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Figure 4: cx-5461 impaired protein synthesis and activated p53-dependent cell apoptosis. (a) HASMCs were pretreated with or without PFTα
(10 μM) for 12 h and then administrated with the indicated concentration of cx-5461 for 24 h. The cell survival rate was detected by CCK-8
assays. (b) HASMCs were treated with the indicated concentration of cx-5461 for 24 h and then administrated with puromycin (1 μM) for 40
min. The total protein (Coomassie blue staining, left panel) and the nascent protein (antipuromycin, middle panel) were shown. The
statistical analysis of nascent protein/total protein is shown (right panel). (c) HASMCs were administrated with the indicated
concentration of cx-5461 for 24 h. Western blotting was performed to detect the BOP1, p53, activated caspase 3, α-SMA, and MLC
expression. Representative images are shown (left panel), and the grayscale was measured and detected by statistical analysis (right panel).
(d) HASMCs were pretreated with or without PFTα (10 μM) for 12 h, followed by the treatment of cx-5461 (1 μM). Apoptosis was
assessed by Annexin V-APC/7-AAD staining and flow cytometry (left panel). The statistical analysis of apoptosis rate is shown (right
panel). (e) ROS were detected by DCFH-DA and flow cytometry (left panel). The ROS level is shown (right panel). (f) HASMCs were
pretreated with or without PFTα (10 μM) for 12 h, followed by the treatment of cx-5461 (1 μM). Western blotting was performed to
detect the BOP1, p53, activated caspase 3, α-SMA, and MLC expression. Representative images are shown (left panel), and the grayscale
was measured and detected by statistical analysis (right panel). Data are representative of three independent experiments and presented as
mean ± SD; ns: no statistical significance; ∗P < 0 05, ∗∗P < 0 01, determined by one-way ANOVA.
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AD model (Figure 6(e); Fig. S3). Consistent with the results
of TUNEL assay, activated caspase 3 levels were decreased
in the aortic samples of p53-/- AD mice (Figure 6(f)).

In total, we conceived a possible mechanism that was
shown as a diagram (Figure 7). Stress such as hypoxia that
probably affects the RNA polymerase I or rRNA processing
will result in the decrease of ribosome biosynthesis. In that
case, the crucial proteins related to the muscle contraction
were decreased. The decrease of “contractile unit” will lead
to the impairment of the aortic wall. These abnormal ASMCs
cannot fulfill its biological effects of antagonizing blood flow
impact. Upon stimulation by the blood pressure, the
impaired ASMCs would increase ROS production and trigger
p53-dependent apoptosis process. That might be one of the
possible mechanisms that underline the AD.

4. Discussion

Under physiological conditions, the ASMCs need to con-
stantly synthesize contractile proteins in order to maintain
the stability of the aortic wall and cope with the powerful
impact of blood flow [5]. The elastin-contractile unit is a
functional and structural unit in the aortic media, which pro-
vides a direct connection between the ASMCs and the elastic
fibres. The contractile unit in ASMCs is composed of thin fil-
aments and thick filaments. The thick filament is composed
of a smooth muscle-specific isoform of myosin heavy chain
dimer (SM-MHC; encoded by MYH11) and four light chains
(MLC), two regulatory light chains and two essential light
chains. The thin filament is aggregated by α-SMA. Any rea-
son that result in a decrease of contractile unit or its function
will destroy the stability of the aortic wall [28]. In thoracic
AD patients, over 60% of the DNA in ASMCs is hypermethy-
lated indicating lower transcriptional activity and protein
translation [29]. The number of ribosomes in a cell is closely
related to its protein output, and ribosomal biogenesis and
function can be disrupted by deregulated BOP1 expression
[30], as well as inhibition of DNA methyltransferase activity
[31]. BOP1 was significantly decreased in the aortic tissues of

AD patients, and its knockdown in HASMCs impaired cell
motility and decreased protein synthesis, as well as the
expression of contraction-related proteins like α-SMA and
MLC. This result is consistent with the higher susceptibility
of individuals harbouring mutations in contraction-
associated genes to AD [28, 32].

The phenotypic modulation of ASMCs from stable con-
tractile cells to secretary proliferative cells is the major under-
lying mechanism of AMD [33, 34]. Microarrays of aortic
tissues from AD patients (GEO: GSE52093) indicated
increased expression of Ki-67 and PCNA [35, 36]. Contradic-
tory to this observation, however, ASMC numbers generally
decrease instead of increasing during AD [37, 38], which
could be related to the higher apoptosis rates [39]. In our
study, overexpressing BOP1 in HASMCs inhibited prolifera-
tion. This is consistent with the findings of Bornkamm et al.
who showed that BOP1 expression alone cannot contribute
to a fully functional PeBoW complex [40]. Interestingly,
serum-free and hypoxic conditions downregulated BOP1 in
a time-dependent manner and induced apoptosis, while
overexpression of BOP1 inhibited this hypoxia-induced apo-
ptosis and decreased contractile protein levels. Unlike Pes1
and WDR12, the two other proteins of the PeBoW complex,
BOP1 has a short half-life on account of its extremely high
PEST domain (common peptide motif of rapidly degrading
proteins) score of 15.6 [41, 42]. Also, unlike its companion
proteins, the expression of BOP1 in colon cancer cells is inde-
pendent of c-myc activity [14]. Therefore, we hypothesize
that the persistently high expression of exogenous BOP1
under hypoxic conditions may compensate for the PeBoW
dysfunction caused by the rapid degradation of endoge-
nous BOP1.

In order to impair ribosomal renewal in ASMCs in vivo,
we treated the AD mice with cx-5461, an inhibitor of rRNA
Pol I [43]. cx-5461 accelerated the occurrence of AD, inhib-
ited the proliferation of ASMCs, and induced apoptosis. In
a recent study, Ye et al. reported that cx-5461 prevented aor-
tic intima hyperplasia, indicating its clinical potential against
atherosclerosis and stenosis [44]. In contrast to our study,

BOP 1
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Ctrl cx-5461 BAPN cx-5461+BAPN

(e)

Figure 5: Inhibition of RNA polymerase I by cx-5461 accelerated AD in mice. (a) Representative images of gross aortic samples are shown.
(b) The life-span of each mouse was recorded. Kaplan-Meier survival curve is shown. (c) Representative staining of aorta sections with HE,
Masson, and EVG. Graphs show semiquantification of elastic fibre broken grade and collagen/muscle fibre ratio. (d) Representative images of
the aortas performed with TUNEL assays, IHC staining with anti-BOP1 antibody and anti-ki-67 antibody. The positive rate is shown (right
panels). (e) Western blotting was performed to detect the BOP1, p53, activated caspase 3, α-SMA, and MLC expression of the aortas. Data are
presented as mean ± SD. ∗P < 0 05, ∗∗P < 0 01, and ∗∗∗P < 0 001 determined by one-way ANOVA.
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Figure 6: Knockout of p53 reduced the occurrence of AD in mice. (a) Representative images of gross aortic samples are shown. (b) Kaplan-
Meier survival curve is shown. (c) The death reason is summarized and shown. (d) Representative staining of aorta sections with HE, Masson,
and EVG. Graphs show semiquantification of elastic fibre broken grade and collagen/muscle fibre ratio. (e) Representative images of the
aortas performed with TUNEL assays, IHC staining with anti-BOP1 antibody and anti-ki-67 antibody. The positive rate is shown (right
panels). (f) Western blotting was performed to detect the BOP1, p53, activated caspase 3, α-SMA, and MLC expression of the aortas. Data
are presented as mean ± SD; ns: no statistical significance; ∗P < 0 05, ∗∗P < 0 01, and ∗∗∗P < 0 001 determined by one-way ANOVA.
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however, they showed that cx-5461 only inhibited ASMC
proliferation and did not induce apoptosis [43]. Nevertheless,
other reports have suggested that cx-5461 is capable of induc-
ing tumor cell apoptosis [45–47]. The different results could
be due to the different animal models used in these studies.
We induced AD using BAPN, which inhibits the cross-
linking of elastic fibres and weakens the structural toughness
of the aorta [48]. This in turn results in severe stress on the
ASMCs from the blood flow, leading to cellular degeneration
and apoptosis.

The cell cycle arrest and apoptosis caused by ribosomal
dysregulation are closely related to p53 [46, 47, 49], which
is consistent with our results. Depletion of p53 by PFTα
partially rescued the cx-5461-induced apoptosis in vitro.
There are two possible mechanisms that can explain the asso-
ciation between p53 and ribosomal dysfunction. First, the
reduction in rRNAs impairs ribosomal assembly, leading to
an increase in free ribosomal proteins like ribosomal protein
L (RPL) 11, RPL5, and RPL23, which can bind directly to
MDM2 [50, 51]. This impedes MDM2-mediated ubiquitina-
tion of p53, resulting in apoptosis. The second model con-
siders the mature ribosome as a “truck” that can transport
the MDM2-p53 complex out of the nucleus for further

degradation [52]. If the number of “trucks” is reduced, p53
accumulates in the nucleus and triggers its downstream proa-
poptotic signaling. To confirm whether p53-dependent
apoptosis is the major cause of ASMC loss in AD, we estab-
lished the AD model in p53-/- mice. As expected, the p53-
/- AD mice survived longer and had lower rates of AD com-
pared to the p53+/+ mice, possibly on account of enhanced
proliferation and reduced apoptosis in the ASMCs.

However, knocking out p53 did not alleviate collagen
accumulation and elastin breakdown in vivo. Almost all the
mice that were fed with the BAPN diet eventually died. The
AD animal model used in this study was different to the
angiotensin II base mouse AD model, which was conducted
by the pumping of angiotensin II in ApoE(-/-) mouse. BAPN
inhibits cross-linking of elastic fibres and impairs the vascu-
lar structure, which increases the susceptibility of the ASMCs
to vascular pressure. Furthermore, the structural impairment
of elastic fibres decreases the anchoring of the transforming
growth factor- (TGF-) β1 and suppresses TGF-β1 signaling
in the ASMCs [53]. All these factors ultimately destroy the
aorta and cause rapid death.

One limitation of our study was the imbalance in the age
and gender distribution between the AD patients and donors,
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Figure 7: Schematic diagram of the mechanisms of p53-dependent apoptosis and proliferative inhibition in the regulation of abnormal
ribosome biogenesis in ASMCs. Stress such as hypoxia that probably affects the RNA polymerase I or rRNA processing will result in the
decrease of ribosome biosynthesis. In that case, the crucial proteins related to the muscle contraction were decreased. The decrease of
“contractile unit” will lead to the impairment of the aortic wall. These abnormal ASMCs cannot fulfill its biological effects of antagonizing
blood flow impact. Upon stimulation by the blood pressure, the impaired ASMCs would increase ROS production and trigger p53-
dependent apoptosis process.
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with significantly younger individuals and more males
among the latter. The age bias was due to the fact that brain
dead patients over the age of 50 are not considered as organ
donors in China, and the gender bias is due to the fact that
most organ donors are men. Another shortcoming of this
study was that the effect of cx-5461 on p53-/- AD mice
could not be evaluated due to the extremely low propor-
tion (2-3%) of the p53-/- offspring produced by crossing
p53+/- mice, a phenomenon consistent with Jackson
Laboratory’s description.

In conclusion, impaired ribosome biogenesis in the
ASMCs accelerates cellular loss and leads to AD, a phenom-
enon that can be attenuated by p53 suppression. Ribosome
biogenesis is under investigation as a novel target to treat
cancer and intima hyperplasia. In light of our findings, how-
ever, the side-effects of targeting ribosome biogenesis and
function, especially in patients with high risk of AD, should
be strongly considered.
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Fig. S1: PFTα inhibited superoxide production induced by
cx-5461. HASMCs were pretreated with or without PFTα
(10μM) for 12 h, followed by treatment of cx-5461 (1μM)
for 24 h. The dihydroethidium (DHE) staining was used to
detect ROS production (red). Fig. S2: inhibition of RNA poly-
merase I by cx-5461 promoted the accumulation of ROS in
mouse AD model. The 8-OHdG level in mouse aortic medial
tissues was detected by performing immunofluorescence and
the representative images were shown. Scale bar 200μm.
Fig. S3: knockout of p53 decreased the ROS accumulation
in mouse AD model. The 8-OHdG level in mouse aortic
medial tissues was detected by performing immunofluores-
cence and the representative images were shown. Scale bar
200μm. (Supplementary Materials)

References

[1] R. Erbel, V. Aboyans, C. Boileau et al., “2014 ESC guidelines on
the diagnosis and treatment of aortic diseases: document cov-
ering acute and chronic aortic diseases of the thoracic and

abdominal aorta of the adult. The Task Force for the Diagnosis
and Treatment of Aortic Diseases of the European Society of
Cardiology (ESC),” European Heart Journal, vol. 35, no. 41,
pp. 2873–2926, 2014.

[2] U. K. A. Sampson, P. E. Norman, F. G. R. Fowkes et al., “Global
and regional burden of aortic dissection and aneurysms: mor-
tality trends in 21 world regions, 1990 to 2010,” Global Heart,
vol. 9, no. 1, pp. 171–180.e10, 2014.

[3] S. Durdu, G. C. Deniz, D. Balci et al., “Apoptotic vascular
smooth muscle cell depletion via BCL2 family of proteins in
human ascending aortic aneurysm and dissection,” Cardiovas-
cular Therapy, vol. 30, no. 6, pp. 308–316, 2012.

[4] H. Osada, M. Kyogoku, T. Matsuo, and N. Kanemitsu, “Histo-
pathological evaluation of aortic dissection: a comparison of
congenital versus acquired aortic wall weakness,” Interactive
CardioVascular and Thoracic Surgery, vol. 27, no. 2, pp. 277–
283, 2018.

[5] L. M. Holdt, A. Stahringer, K. Sass et al., “Circular non-coding
RNA ANRIL modulates ribosomal RNA maturation and ath-
erosclerosis in humans,” Nature Communications, vol. 7,
no. 1, article 12429, 2016.

[6] P. Bernabò, T. Tebaldi, E. J. N. Groen et al., “In vivo transla-
tome profiling in spinal muscular atrophy reveals a role for
SMN protein in ribosome biology,” Cell Reports, vol. 21,
no. 4, pp. 953–965, 2017.

[7] M. Marabita, M. Baraldo, F. Solagna et al., “S6K1 is required
for increasing skeletal muscle force during hypertrophy,” Cell
Reports, vol. 17, no. 2, pp. 501–513, 2016.

[8] J. J. Fyfe, D. J. Bishop, J. D. Bartlett et al., “Enhanced skeletal
muscle ribosome biogenesis, yet attenuated mTORC1 and
ribosome biogenesis-related signalling, following short-term
concurrent versus single-mode resistance training,” Scientific
Reports, vol. 8, no. 1, p. 560, 2018.

[9] T. Chaillou, T. J. Kirby, and J. J. McCarthy, “Ribosome biogen-
esis: emerging evidence for a central role in the regulation of
skeletal muscle mass,” Journal of Cellular Physiology,
vol. 229, no. 11, pp. 1584–1594, 2014.

[10] M. Hölzel, M. Rohrmoser, M. Schlee et al., “Mammalian
WDR12 is a novel member of the Pes1–Bop1 complex and is
required for ribosome biogenesis and cell proliferation,” Jour-
nal of Cell Biology, vol. 170, no. 3, pp. 367–378, 2005.

[11] K. Y. Chung, I. K. C. Cheng, A. K. K. Ching, J. H. Chu, P. B. S.
Lai, and N. Wong, “Block of proliferation 1 (BOP1) plays an
oncogenic role in hepatocellular carcinoma by promoting
epithelial-to-mesenchymal transition,” Hepatology, vol. 54,
no. 1, pp. 307–318, 2011.

[12] J. Qi, Y. Yu, Ö. Akilli Öztürk et al., “NewWnt/β-catenin target
genes promote experimental metastasis and migration of colo-
rectal cancer cells through different signals,” Gut, vol. 65,
no. 10, pp. 1690–1701, 2016.

[13] M. Rohrmoser, M. Holzel, T. Grimm et al., “Interdependence
of Pes1, Bop1, and WDR12 controls nucleolar localization
and assembly of the PeBoW complex required for maturation
of the 60S ribosomal subunit,” Molecular and Cell Biology,
vol. 27, no. 10, pp. 3682–3694, 2007.

[14] A. Killian, N. Sarafan-Vasseur, R. Sesboüé et al., “Contribution
of the BOP1 gene, located on 8q24, to colorectal tumorigene-
sis,” Genes Chromosomes Cancer, vol. 45, no. 9, pp. 874–881,
2006.

[15] R. Liu, V. Iadevaia, J. Averous, P. M. Taylor, Z. Zhang, and
C. G. Proud, “Impairing the production of ribosomal RNA

17Oxidative Medicine and Cellular Longevity

http://downloads.hindawi.com/journals/omcl/2019/7064319.f1.pdf


activates mammalian target of rapamycin complex 1 signalling
and downstream translation factors,” Nucleic Acids Research,
vol. 42, no. 8, pp. 5083–5096, 2014.

[16] T. Grimm, M. Hölzel, M. Rohrmoser et al., “Dominant-nega-
tive Pes1 mutants inhibit ribosomal RNA processing and cell
proliferation via incorporation into the PeBoW-complex,”
Nucleic Acids Research, vol. 34, no. 10, pp. 3030–3043, 2006.

[17] B. Gong, Z. Wang, M. Zhang et al., “Disturbed P53-MDM2
feedback loop contributes to thoracic aortic dissection forma-
tion andmay be a result of TRIM25 overexpression,” Annals of
Vascular Surgery, vol. 40, pp. 243–251, 2017.

[18] T. Kurihara, R. Shimizu-Hirota, M. Shimoda et al., “Neutro-
phil-derived matrix metalloproteinase 9 triggers acute aortic
dissection,” Circulation, vol. 126, no. 25, pp. 3070–3080, 2012.

[19] R. J. Rebello, E. Kusnadi, D. P. Cameron et al., “The dual inhi-
bition of RNA Pol I transcription and PIM kinase as a new
therapeutic approach to treat advanced prostate cancer,” Clin-
ical Cancer Research, vol. 22, no. 22, pp. 5539–5552, 2016.

[20] Z. Wang, Z. Ren, Z. Hu et al., “Angiotensin-II induces phos-
phorylation of ERK1/2 and promotes aortic adventitial fibro-
blasts differentiating into myofibroblasts during aortic
dissection formation,” Journal of Molecular Histology, vol. 45,
no. 4, pp. 401–412, 2014.

[21] R. Hu, Z. Wang, Z. Ren, and M. Liu, “Autonomic remodeling
may be responsible for decreased incidence of aortic dissection
in STZ-induced diabetic rats via down-regulation of matrix
metalloprotease 2,” BMC Cardiovascular Disorders, vol. 16,
no. 1, p. 200, 2016.

[22] W. Jiang, Z. Wang, Z. Hu et al., “Highly expressed S100A12 in
aortic wall of patients with DeBakey type I aortic dissection
could be a promising marker to predict perioperative compli-
cations,” Annals of Vascular Surgery, vol. 28, no. 6, pp. 1556–
1562, 2014.

[23] V. Deckert, B. Kretz, A. Habbout et al., “Development of
abdominal aortic aneurysm is decreased in mice with plasma
phospholipid transfer protein deficiency,” The American Jour-
nal of Pathology, vol. 183, no. 3, pp. 975–986, 2013.

[24] K. Takeda, K. Uchiyama, M. Kinukawa, T. Tagami,
M. Kaneda, and S. Watanabe, “Evaluation of sperm DNA
damage in bulls by TUNEL assay as a parameter of semen
quality,” Journal of Reproduction and Development, vol. 61,
no. 3, pp. 185–190, 2015.

[25] J. Liu, Y. Xu, D. Stoleru, and A. Salic, “Imaging protein synthe-
sis in cells and tissues with an alkyne analog of puromycin,”
Proceedings of the National Academy of Sciences of the United
States of America, vol. 109, no. 2, pp. 413–418, 2012.

[26] E. K. Schmidt, G. Clavarino, M. Ceppi, and P. Pierre, “SUn-
SET, a nonradioactive method to monitor protein synthesis,”
Nature Methods, vol. 6, no. 4, pp. 275–277, 2009.

[27] K.-C. Chan, C.-J. Wang, H.-H. Ho, H.-M. Chen, and C.-
N. Huang, “Simvastatin inhibits cell cycle progression in
glucose-stimulated proliferation of aortic vascular smooth
muscle cells by up-regulating cyclin dependent kinase inhibi-
tors and p53,” Pharmacological Research, vol. 58, no. 3-4,
pp. 247–256, 2008.

[28] D. M. Milewicz, K. M. Trybus, D. C. Guo et al., “Altered
smooth muscle cell force generation as a driver of thoracic
aortic aneurysms and dissections,” Arteriosclerosis, Thrombo-
sis, and Vascular Biology, vol. 37, no. 1, pp. 26–34, 2017.

[29] S. Pan, H. Lai, Y. Shen et al., “DNAmethylome analysis reveals
distinct epigenetic patterns of ascending aortic dissection and

bicuspid aortic valve,” Cardiovascular Research, vol. 113,
no. 6, pp. 692–704, 2017.

[30] C. S. Ahn, H. K. Cho, D. H. Lee, H. J. Sim, S. G. Kim, and H. S.
Pai, “Functional characterization of the ribosome biogenesis
factors PES, BOP1, and WDR12 (PeBoW), and mechanisms
of defective cell growth and proliferation caused by PeBoW
deficiency in Arabidopsis,” Journal of Experimental Botany,
vol. 67, no. 17, pp. 5217–5232, 2016.

[31] T. Moss, “DNA methyltransferase inhibition may limit cancer
cell growth by disrupting ribosome biogenesis,” Epigenetics,
vol. 6, no. 2, pp. 128–133, 2011.

[32] Y. H. Shen and S. A. LeMaire, “Molecular pathogenesis of
genetic and sporadic aortic aneurysms and dissections,”
Current Problems in Surgery, vol. 54, no. 3, pp. 95–155, 2017.

[33] J. Huang, T. Wang, A. C. Wright et al., “Myocardin is required
for maintenance of vascular and visceral smooth muscle
homeostasis during postnatal development,” Proceedings of
the National Academy of Sciences of the United States of Amer-
ica, vol. 112, no. 14, pp. 4447–4452, 2015.

[34] J. Huang, L. Cheng, J. Li et al., “Myocardin regulates expres-
sion of contractile genes in smooth muscle cells and is required
for closure of the ductus arteriosus in mice,” The Journal of
Clinical Investigation, vol. 118, no. 2, pp. 515–525, 2008.

[35] S. Pan, D. Wu, A. E. Teschendorff et al., “JAK2-centered inter-
actome hotspot identified by an integrative network algorithm
in acute Stanford type A aortic dissection,” PLoS One, vol. 9,
no. 2, article e89406, 2014.

[36] D. W. Huang, B. T. Sherman, and R. A. Lempicki, “Systematic
and integrative analysis of large gene lists using DAVID bioin-
formatics resources,” Nature Protocols, vol. 4, no. 1, pp. 44–57,
2009.

[37] D. Wu, Y. H. Shen, L. Russell, J. S. Coselli, and S. A. LeMaire,
“Molecular mechanisms of thoracic aortic dissection,” Journal
of Surgical Research, vol. 184, no. 2, pp. 907–924, 2013.

[38] N. Grewal and A. C. Gittenberger-de Groot, “Pathogenesis of
aortic wall complications in Marfan syndrome,” Cardiovascu-
lar Pathology, vol. 33, pp. 62–69, 2018.

[39] L. X. Jia, W. M. Zhang, H. J. Zhang et al., “Mechanical
stretch-induced endoplasmic reticulum stress, apoptosis
and inflammation contribute to thoracic aortic aneurysm
and dissection,” The Journal of Pathology, vol. 236, no. 3,
pp. 373–383, 2015.

[40] G. W. Bornkamm, C. Berens, C. Kuklik-Roos et al., “Stringent
doxycycline-dependent control of gene activities using an
episomal one-vector system,” Nucleic Acids Research, vol. 33,
no. 16, p. e137, 2005.

[41] S. Rogers, R. Wells, and M. Rechsteiner, “Amino acid
sequences common to rapidly degraded proteins: the PEST
hypothesis,” Science, vol. 234, no. 4774, pp. 364–368, 1986.

[42] M. L. Spencer, M. Theodosiou, and D. J. Noonan, “NPDC-1, a
novel regulator of neuronal proliferation, is degraded by the
ubiquitin/proteasome system through a PEST degradation
motif,” Journal of Biological Chemistry, vol. 279, no. 35,
pp. 37069–37078, 2004.

[43] D. Drygin, A. Lin, J. Bliesath et al., “Targeting RNA polymer-
ase I with an oral small molecule CX-5461 inhibits ribosomal
RNA synthesis and solid tumor growth,” Cancer Research,
vol. 71, no. 4, pp. 1418–1430, 2011.

[44] Q. Ye, S. Pang, W. Zhang et al., “Therapeutic targeting of
RNA polymerase I with the small-molecule CX-5461 for
prevention of arterial injury–induced neointimal hyperplasia,”

18 Oxidative Medicine and Cellular Longevity



Arteriosclerosis, Thrombosis, and Vascular Biology, vol. 37,
no. 3, pp. 476–484, 2017.

[45] G. Li, J. Shen, J. Cao et al., “Alternative splicing of human tel-
omerase reverse transcriptase in gliomas and its modulation
mediated by CX-5461,” Journal of Experimental & Clinical
Cancer Research, vol. 37, no. 1, p. 78, 2018.

[46] H. C. Lee, H. Wang, V. Baladandayuthapani et al., “RNA poly-
merase I inhibition with CX-5461 as a novel therapeutic
strategy to target MYC in multiple myeloma,” British Journal
of Haematology, vol. 177, no. 1, pp. 80–94, 2017.

[47] S. S. Negi and P. Brown, “rRNA synthesis inhibitor, CX-5461,
activates ATM/ATR pathway in acute lymphoblastic leukemia,
arrests cells in G2 phase and induces apoptosis,” Oncotarget,
vol. 6, no. 20, pp. 18094–18104, 2015.

[48] L. Zhang, Y. F. Pei, L. Wang et al., “Dramatic decrease of aortic
longitudinal elastic strength in a rat model of aortic dissec-
tion,” Annals of Vascular Surgery, vol. 26, no. 7, pp. 996–
1001, 2012.

[49] J. Quin, K. T. Chan, J. R. Devlin et al., “Inhibition of RNA poly-
merase I transcription initiation by CX-5461 activates non-
canonical ATM/ATR signaling,” Oncotarget, vol. 7, no. 31,
pp. 49800–49818, 2016.

[50] M. S. Dai and H. Lu, “Inhibition of MDM2-mediated p53 ubi-
quitination and degradation by ribosomal protein L5,” Journal
of Biological Chemistry, vol. 279, no. 43, pp. 44475–44482,
2004.

[51] K. Nishimura, T. Kumazawa, T. Kuroda et al., “Perturbation of
ribosome biogenesis drives cells into senescence through 5S
RNP-mediated p53 activation,” Cell Reports, vol. 10, no. 8,
pp. 1310–1323, 2015.

[52] C. J. Sherr and J. D. Weber, “The ARF/p53 pathway,” Current
Opinion in Genetics & Development, vol. 10, no. 1, pp. 94–99,
2000.

[53] V. Barry-Hamilton, R. Spangler, D. Marshall et al., “Allosteric
inhibition of lysyl oxidase–like-2 impedes the development of
a pathologic microenvironment,” Nature Medicine, vol. 16,
no. 9, pp. 1009–1017, 2010.

19Oxidative Medicine and Cellular Longevity



Research Article
Evidence of Blood and Muscle Redox Status Imbalance in
Experimentally Induced Renal Insufficiency in a Rabbit Model

Konstantina P. Poulianiti,1,2 Aggeliki Karioti,1 Antonia Kaltsatou,1 Georgia I. Mitrou,1,3

Yiannis Koutedakis,2,4,5 Konstantinos Tepetes ,6 Grigoris Christodoulidis ,6

Giannis Giakas,2,4 Maria D. Maridaki ,7 Ioannis Stefanidis,8 Athanasios Z. Jamurtas ,2,4

Giorgos K. Sakkas,1,3,4 and Christina Karatzaferi 1,3,4

1Muscle Physiology & Mechanics Group, CREHP, DPESS, University of Thessaly, Trikala 42100, Greece
2Human Performance Group, CREHP, DPESS, University of Thessaly, Trikala 42100, Greece
3EMIP/EmPOWER, School of Health Sciences, Plymouth Marjon University, Plymouth PL6 8BH, UK
4Institute for Research and Technology-CERTH, Thessaly, Trikala 42100, Greece
5School of Sports, Performing Arts & Leisure, University of Wolverhampton, Wolverhampton WV1 1LY, UK
6Department of Surgery, School of Medicine, University of Thessaly, Larissa 41110, Greece
7DPESS, National and Kapodistrian University of Athens, Athens 17237, Daphne, Greece
8Department of Nephrology, School of Medicine, University of Thessaly, Larissa 41110, Greece

Correspondence should be addressed to Christina Karatzaferi; karatzaferi.c@gmail.com

Received 19 October 2018; Revised 20 February 2019; Accepted 28 February 2019; Published 4 April 2019

Academic Editor: Fernanda Amicarelli

Copyright © 2019 Konstantina P. Poulianiti et al. This is an open access article distributed under the Creative Commons
Attribution License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original work
is properly cited.

Chronic kidney disease (CKD) is accompanied by a disturbed redox homeostasis, especially in end-stage patients, which is
associated with pathological complications such as anemia, atherosclerosis, and muscle atrophy. However, limited evidence
exists about redox disturbances before the end stage of CKD. Moreover, the available redox literature has not yet provided clear
associations between circulating and tissue-specific (muscle) oxidative stress levels. The aim of the study was to evaluate
commonly used redox status indices in the blood and in two different types of skeletal muscle (psoas, soleus) in the predialysis
stages of CKD, using an animal model of renal insufficiency, and to investigate whether blood redox status indices could be
reflecting the skeletal muscle redox status. Indices evaluated included reduced glutathione (GSH), oxidized glutathione (GSSG),
glutathione reductase (GR), catalase (CAT), total antioxidant capacity (TAC), protein carbonyls (PC), and thiobarbituric acid
reactive substances (TBARS). Results showed that blood GSH was higher in the uremic group compared to the control
(17 50 ± 1 73 vs. 12 43 ± 1 01, p = 0 033). In both muscle types, PC levels were higher in the uremic group compared to the
control (psoas: 1 086 ± 0 294 vs. 0 596 ± 0 372, soleus: 2 52 ± 0 29 vs. 0 929 ± 0 41, p < 0 05). The soleus had higher levels of
TBARS, PC, GSH, CAT, and GR and lower TAC compared to the psoas in both groups. No significant correlations in redox
status indices between the blood and skeletal muscles were found. However, in the uremic group, significant correlations
between the psoas and soleus muscles in PC, GSSG, and CAT levels emerged, not present in the control. Even in the early stages
of CKD, a disturbance in redox homeostasis was observed, which seemed to be muscle type-specific, while blood levels of redox
indices did not seem to reflect the intramuscular condition. The above results highlight the need for further research in order to
identify the key mechanisms driving the onset and progression of oxidative stress and its detrimental effects on CKD patients.

1. Introduction

Redox homeostasis encompasses the balance between oxi-
dants (or prooxidants) and antioxidants and is maintained

by several complex mechanisms. Redox homeostasis can be
disrupted due to a dysfunction of any of these mechanisms,
resulting in reactive oxygen species (ROS) and/or reactive
nitrogen species (RNS) levels and/or a decreased scavenging
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capacity, a condition which is described as oxidative stress
[1]. ROS, which will form the focus of this work, are highly
reactive to proteins, membrane lipids, carbohydrates, and
nucleic acids, causing irreversible damage which can affect
cell survival and lead to degenerative disorders, disease,
and aging [2].

Chronic kidney disease is accompanied by enhanced oxi-
dative stress, which in turn is associated with higher risk of
developing cardiovascular disease (CVD), leading to high
rates of morbidity and mortality [3, 4]. Moreover, a redox
imbalance in CKD is linked to pathological complications
such as anemia, inflammation, malnutrition and atheroscle-
rosis, fatigue, muscle wasting, and disuse atrophy [5–7].

Although the harmful effects of oxidative stress have been
associated with the progression of CKD, its role during the
different stages of the disease has not yet, been fully clarified.
The majority of the existing data refer to outcomes from the
advanced stages of the disease and mostly to patients under-
going hemodialysis (HD) therapy. In HD patients, four main
factors have been proposed to be responsible for the redox
imbalance: the uremic milieu, the HD treatment per se, the
hemoincompatibility of dialysis system, and the concomitant
drug treatment [8]. However, possible changes in redox
homeostasis during the predialysis stages of CKD have not
been investigated extensively probably due to the fact that
CKD is “silent” at its early stages. Moreover, patients may
progress to renal insufficiency as a secondary outcome of
variable primary conditions, from hypertension, diabetes,
nephrotic syndrome, etc. [9], conditions where monitoring
oxidative stress does not figure as yet as priority of care
due to insufficient evidence for clinical relevance [10].
Oxidative stress in predialysis CKD can be attributed to
the cytotoxic effects of the progressive loss of renal func-
tion as well as insufficient antioxidant defense [11]. Several
mechanisms link CKD and oxidative stress, such as uremic
toxin-induced endothelial nitric oxide synthase (eNOS)
uncoupling [12] and increased nicotinamide adenine dinu-
cleotide phosphate-oxidases (NADPH oxidases (NOX))
activity [13]. Additionally, an emerging antioxidant deficit
has been attributed mainly to dietary restrictions, diuretics
use, protein energy wasting, and/or decreased intestinal
absorption [14, 15].

As renal insufficiency progresses, it is also accompanied
by muscular weakness and wasting, exercise intolerance,
and premature fatigue, characteristics which are collectively
termed as uremic myopathy [16]. Several studies have indi-
cated that CKD is also characterized by modifications of
muscle bioenergetics which also contribute to a reduction
in muscle performance [17–20]. Hemodialysis treatment
and/or uremia per se contributes to an increase in molecular
oxidative damage which in turn can contribute in the deteri-
oration of skeletal muscle functionality. This is because
animal studies have shown that experimentally induced oxi-
dative stress causes myofibrillar protein modification that
promotes degradation free radical oxidation [21–23]. More-
over, the susceptibility of skeletal muscle to ROS may be dif-
ferentiated depending on muscle type (fast vs. slow) [24],
nutrition [25], and lifestyle habits [26]. This and other evi-
dence collectively suggest that skeletal muscle can become

extremely susceptible to degradation due to the combined
effects of uremia and redox disturbances.

The aim of the current study was to evaluate possible
redox disturbances in the predialysis stages of CKD, using
an animal model of renal insufficiency. More specifically,
we evaluated redox status indices not only in the blood
but also in two different types of skeletal muscle, the
fast-twitch/glycolytic psoas and the slow-twitch/oxidative
soleus from the same animal donor. We also examined
whether blood redox status indices could be reflecting the
skeletal muscle redox status.

2. Material and Methods

2.1. Animal Model. The uremic model was based on surgical
protocol modified from Gotloib et al., [22] using sham oper-
ation for the control group. All animal procedures, including
surgery and euthanasia, were approved by the ethics commit-
tee of the University of Thessaly (decision 2-2/10-10-2012
and 914/10-11-2014) and the scientific committee of the
University Hospital of Larisa, Greece (decision 1/4-1-2012).
Animals were under veterinary care, in accordance with the
National and European guidelines for the care and use of
laboratory animals (EU Directive 2010/63/EU for animal
experiments).

New Zealand white rabbits (female, N = 15) were first
acclimatized to the laboratory animal unit of Medical School
(University of Thessaly, Greece) for 48 hours. All animals
were 5-6 months old and weighted approximately 2600 g.
The animals were housed in a controlled environment with
stable conditions of room temperature (RT) (22–24°C) and
lighting (12 : 12 h light-dark cycle). All rabbits were fed with
the same special rabbit chow containing low levels of protein
(78.8 g casein “protein” per kg diet), potassium, calcium,
phosphorus, and sodium (prepared by Research Diets Inc.,
USA; formulation code: D07122101). This was decided
because key biomarkers (e.g., GSH levels) can be affected by
diet [10]. Water was provided ad libitum.

After acclimatization, surgical procedures were per-
formed (sham operation for control animals, control
group, and partial nephrectomy for experimental animals,
uremic group). Animals were anaesthetized by intravenous
administration of a solution mixture of ketamine hydrochlo-
ride 100mg/ml (Imalgene® 1000; Merial, Duluth, Georgia,
USA) and xylazine 20mg/ml (Rompun®; Bayer, Leverkusen,
Germany), 87% and 13%, respectively (proportion 6.69 : 1
approximately). The initial dosage for the induction of
anesthesia was 0.3ml/kg body weight of the above solution
mixture, i.e., Imalgene® (87%) and Rompun® (13%), intrave-
nously (i.v.). The maintenance of anesthesia was achieved by
a dose of propofol (10mg/kg BW). Three hours before the
intervention, each animal had only access to water and not
to food and its weight was measured on a precision scale.
Animal temperature was maintained via a heating pad.

For the uremic group, nine animals (N = 9) underwent
removal of the left kidney after careful ligation of the left
renal artery and vein and partial nephrectomy (3/4) of the
right kidney. For the control group, six age-matched animals
(N = 6) underwent sham operation. Twelve weeks after the

2 Oxidative Medicine and Cellular Longevity



surgery, the animals were weighed and then sacrificed by
injection of sodium pentobarbital solution (50mg/ml) which
was applied in a dosage of 100mg/kg BW followed by bilat-
eral thoracotomy. Immediately after cardiac arrest, sample
collections were done. All sample collection as well as subse-
quent handling and analyses were done in a blind design. It
should be noted that special care was taken not to induce oxi-
dation of glutathione, as mentioned below.

2.2. Blood Sampling and Treatment. Blood samples (5ml)
were collected by a heparinized syringe from rabbits’ heart
and aorta and were placed into ethylene diamine tetra-
acetic acid- (K2EDTA-) containing tubes (Vacutainer Plus
Plastic K2EDTA; Becton Dickinson). For plasma collection,
blood samples were centrifuged immediately at 1370 × g
for 10min at 4°C and the supernatant was carefully col-
lected. The remaining packed erythrocytes were lysed with
1 : 1 (v:v) distilled water, inverted vigorously, and centri-
fuged at 4000 × g for 15min at 4°C. The supernatant red
blood cell (RBC) lysate designated was collected. Finally, in
order to obtain serum, another portion of blood sample
(5ml) was collected and placed into separate tubes contain-
ing clot activator, left for 20min to clot at RT, centrifuged
at 1370 × g, at 4°C for 10min, and the supernatant was col-
lected. All supernatant samples were aliquoted in Eppendorf
tubes, stored at -80°C, and thawed only once before analysis.

2.3. Skeletal Muscle Sampling and Homogenization. Psoas
and soleus muscle samples were harvested from the control
(sham-operated) and uremic groups. These muscles were
selected as two representative muscles, one a typical fast-
twitch muscle (psoas, composed primarily of type IIX
fast-twitch muscle fibers [23, 27]) and the other a typical
slow-twitch muscle (soleus, composed primarily of type I
slow-twitch muscle fibers). Muscle samples were frozen
immediately in liquid nitrogen and stored at -80°C. For anal-
ysis, each tissue sample was thawed, excised, and kept chilled
throughout homogenization. A weighted portion of each
muscle was washed several times with ice-cold normal saline
and was placed into prechilled tubes containing cold homog-
enization buffer (138mM NaCl, 2.7mM KCl, 1mM EDTA,
pH 7.4) and a mix of protease inhibitors (1μΜ aprotinin,
1μg/ml leupeptin, and 1mM PMSF). Initial homogenization
was achieved with an electrical homogenizer (MICCRA D-9)
for 10min with intermediate pauses of 10 s/20 s. Then an
ultrasound homogenizer (UP50H) was used for 1-2min,
with intermediate pauses as before. Homogenates were
filtered through four layers of medical gauze to remove con-
nective tissue debris, incubated for 10min at 4°C, and centri-
fuged at 10,000 × g for 10min at 4°C. The supernatant
homogenate was aliquoted in multiple portions and stored
at -80°C for subsequent analyses.

2.4. Biochemical and Hematological Analyses

2.4.1. Urea, Creatinine. Circulating levels of urea and cre-
atinine were assessed, the two hallmark biomarkers that evi-
dence renal insufficiency [28]; their concentrations in serum
were determined with the colorimetric method using com-
mercially available kits (ab83362, Abcam, United Kingdom,

and ab65340, Abcam, United Kingdom), respectively, with
a 96-well microtiter plate and a programmable microplate
reader (Biochrom, Asys Expert 96, United Kingdom). Urea
and creatinine concentrations in unknown samples were
determined by comparison with the standard curves.

2.4.2. Total Protein. Total protein concentration in plasma
and skeletal muscle (psoas, soleus) homogenates was deter-
mined spectrophotometrically using the bicinchoninic acid
(BCA) protein assay kit (Pierce, Thermo Fisher Scientific,
USA). In plasma, total protein concentration was determined
in order to estimate the final concentration of protein car-
bonyls. In muscle homogenates, total protein concentrations
were determined in order to estimate the final concentrations
of reduced and oxidized glutathione and protein carbonyls as
well as the activities of catalase and glutathione reductase.

2.4.3. Hemoglobin, Hematocrit, and Red Blood Cell (RBC)
Count Analysis. CKD is associated with anemia [29]. Thus,
hemoglobin, hematocrit, and red blood cell count were deter-
mined using a commercially available kit and procedures
(Dutch Diagnostics BV, Zutphen, Netherlands) to examine
if the model promoted the development of anemia.

2.5. Evaluation of Redox Status. All materials for redox
marker assays were purchased from Sigma (St. Louis,
MO, USA). We examined markers for antioxidant capac-
ity, such as TAC, GSH, GR, and CAT, and markers of
protein and lipid oxidation such as protein carbonyls and
TBARS, respectively.

2.5.1. GSH Determination. The tripeptide GSH is the most
abundant nonprotein thiol and one of the main components
of antioxidant capacity [30]. GSH concentration was deter-
mined in RBC lysate and skeletal muscle homogenate sam-
ples according to Rahman et al. [31], using a 96-well
microtiter plate and a programmable microplate reader (Bio-
chrom, Asys Expert 96). Briefly, samples were deproteinized
with 5% trichloroacetic acid (TCA) (1 : 1 v/v) centrifuged at
16,000 × g for 10min, and the supernatant was collected.
The following reagents were added in order (all reagents in
0.1M potassium phosphate buffer, pH 7.5, with 5mM
EDTA) to 96-well flat-bottom plate (CytoOne) in duplicate:
20μl of glutathione standard (0.103 to 26.4μΜ) or the sam-
ple to be assayed, 120μl of freshly prepared (5,5′-dithiobis 2-
nitrobenzoic acid) DTNB (2mg/3ml), glutathione reductase
(10 units), and 60μl of dihydronicotinamide-adenine
dinucleotide phosphate NADPH (2mg/3ml) mix solution
(1v : 1v). The absorbance at 415nm was measured every
30 s, for 3min, at RT. The rate of increase in absorbance
per minute was calculated by linear regression. GSH con-
centration in unknown samples was determined by com-
parison with the standard curve.

2.5.2. GSSG Determination. GSSG concentration was deter-
mined in RBC lysate and skeletal muscle homogenate sam-
ples according to Giustarini et al. [32], modified for using a
96-well microtiter plate and a programmable microplate
reader. Samples were deproteinized with 5% TCA (1 : 1 v/v)
centrifuged at 16,000 × g for 10min, and the supernatant
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was collected. To avoid the rapid oxidation of GSH to
GSSG, through the deproteination procedure, and the con-
sequent overestimation of GSSG, the alkylating reagent N-
ethylmaleimide (NEM) 310mM was added upon collection
of blood sample or the tissue homogenization. This was
extracted before the actual measurement with three vol-
umes of dichloromethane DCM, carefully collecting the
upper volume of the ensuing bilayer (typically 750μl of
DCM for 250μl of deproteinized supernatant), vortexed
5min at 800 rpm at room temperature (RT), and centri-
fuged at 14,000 × g for 30 s at 4°C. To measure GSSG,
the following reagents were added in order (all reagents
in 0.1M potassium phosphate buffer, pH 7.5, with 5mM
EDTA) to 96-well flat-bottom plate (CytoOne) in dupli-
cate: 20μl of glutathione disulfide standard (0.103 to
26.4μΜ) or the sample to be assayed, 120μl of freshly
prepared DTNB (2mg/3ml) and glutathione reductase
(10 units) mix solution (1v : 1v), and 60μl of NADPH
(2mg/3ml). The absorbance at 415nm was measured
every 30 s, for 3min, at RT. The rate of increase in absor-
bance per minute was calculated by linear regression.
GSSG concentration in unknown samples was determined
by comparison with the standard curve.

2.5.3. Determination of GR Activity. Glutathione reductase
(GR) activity is important in the evaluation of tissue redox
state but also has an antiapoptotic role [33]. GR activity
was determined in RBC lysate and skeletal muscle homoge-
nate samples according to Cribb et al. [34], using a 96-well
microtiter plate and a programmable microplate reader.
To measure GR activity, the following reagents were added
in order (all reagents in 0.1M sodium phosphate buffer,
pH 7.5, with 1mM EDTA) to 96-well flat-bottom plate
(CytoOne) in duplicate: 150μl of 0.1mM DTNB, 10μl of
NADPH (10mg/ml; 12mM), and 20μl of reductase stan-
dard (0.015 to 0.50U/ml) or the sample to be assayed.
The reaction was initiated by the addition of 10μl of
GSSG (1mg/ml; 3.25mM). For blank wells, no GSSG
was added. The absorbance at 415nm was measured every
30 s, for 3min, at RT. The rate of increase in absorbance
per minute was calculated by linear regression. GR activity
in unknown samples was determined by comparison with
the standard curve.

2.5.4. TAC Determination. Total antioxidant capacity (TAC)
is a method which is frequently used to assess the antiox-
idant status of biological samples and can evaluate the
antioxidant response against the free radicals produced in
a given condition [35]. TAC was determined in plasma and
skeletal muscle homogenate samples according to Janas-
zewska and Bartosz [36], based on the scavenging of 2,2-
diphenyl-1-picrylhydrazyl (DPPH) free radical. DPPH stock
solution (10mM) was prepared by dissolving 0.02 g DPPH in
5ml of methanol and mix in the stirrer. The working solution
was obtained by diluting the stock solution 100 times with
methanol. In 20μl of plasma or homogenate, 480μl of
10mM sodium potassium phosphate (pH 7.4) and 500μl
of 0.1mM DPPH were added and incubated in the dark
for 30min at RT. The samples were centrifuged for 3min at

20,000 × g and 900μl of the supernatant was transferred into
a clean plastic cuvette. The absorbance was read at 530nm
using a spectrophotometer. TAC values were presented as
mM of DPPH reduced to 2,2-diphenyl-1picrylhydrazine
(DPPH :H).

2.5.5. Determination of CAT Activity. Catalase is a common
enzyme found in nearly all living organisms exposed to
oxygen and catalyzes the decomposition of hydrogen perox-
ide to water and oxygen playing a key role in protecting the
cell from oxidative damage by ROS [37]. CAT activity was
determined in RBC lysate and skeletal muscle homogenate
samples according to Aebi [37]. 20μl of RBC lysate or
homogenate was added to 2975μl of sodium potassium
phosphate buffer 67mM, pH 7.4, and the samples were incu-
bated at 37°C for 10min. 5μl of hydrogen peroxide 30% was
added and the change in absorbance was immediately read at
240 nm for 2min. One unit of catalase is equal to 1μmol of
hydrogen peroxide H2O2 decomposed/minute. Results were
normalized to hemoglobin content in the blood sample and
to total protein content in muscle homogenate samples.

2.5.6. PC Determination. Protein carbonylation is a type of
protein oxidation that can be promoted by ROS. It usually
refers to a process that forms reactive ketones or aldehydes
that can be reacted by 2,4-dinitrophenylhydrazine (DNPH)
to form hydrazones [38]. PC concentration was determined
in plasma and skeletal muscle homogenate samples accord-
ing to Fields and Dixon [39]. In 50μl of plasma or homoge-
nate, 50μl of 20% TCA was added, incubated in the ice
bath for 15min, and centrifuged at 15,000 × g for 5min at
4°C and the supernatant was discarded. Afterwards, 500μl
of 14mM DNPH, in 2.5N hydrochloric acid HCl, for the
sample or 500μl of 2.5N HCl for the blank was added to
the pellet. Both samples were incubated in the dark at RT
for 1 h, with intermittent vortexing every 15min. Samples
were centrifuged at 15,000 × g for 5min at 4°C. The superna-
tant was discarded and 1ml of 10% TCA was added, vor-
texed, and centrifuged at 15,000 × g for 5min at 4°C. The
supernatant was discarded, and 1ml of ethanol-ethyl acetate
(1 : 1 v/v) was added, vortexed, and centrifuged at 15,000 × g
for 5min at 4°C. The washing step was repeated two more
times. Finally, the supernatant was discarded, and 1ml of
5M urea (pH 2.3) was added, vortexed, and incubated at
37°C for 15min. The samples were centrifuged at 15,000 × g
for 3min at 4°C, and the absorbance was read at 375nm. Pro-
tein carbonyl values were obtained by using the molar extinc-
tion coefficient of DNPH (22mM·cm-1).

2.5.7. TBARS Determination. Lipid peroxides are oxidative
degradation products of lipids with malondialdehyde
(MDA) to be considered as the main marker in lipid peroxi-
dation [40]. The TBARS assay is the simplest and most pop-
ular method for quantifying lipid peroxidation in biological
samples [41]. In 100μl of plasma or homogenate, 500μl of
35% TCA and 500μl of 200mM Tris-HCl (pH 7.4) were
added and incubated at RT for 10min. Afterwards, 1ml of
2M sodium sulfate Na2SO4 and 55mM thiobarbituric acid
(TBA) solution was added and incubated at 95°C for
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45min. The samples were cooled on ice for 5min and were
vortexed. 1ml of 70% TCA was added, vortexed, and centri-
fuged at 15,000 × g for 3min at 25°C. The absorbance of the
supernatant was read at 530nm. A baseline absorbance was
taken into account by running a blank along with all samples
during the measurement. The calculation of TBARS concen-
tration was obtained using the molar extinction coefficient of
MDA (15,600mol/l).

2.5.8. Uric Acid Determination. Uric acid is not only a by-
product of purine metabolism, but it can also maintain
protection against oxidative damage acting as an electron
donor and scavenging peroxyl radicals, hydroxyl radicals,
and singlet oxygen [42, 43]. Uric acid concentration in
the serum was measured on a Clinical Chemistry Analyzer
Z 1145 (Zafiropoulos Diagnostica, Athens, Greece) using
commercially available kits (Zafiropoulos Diagnostica).
6μl of serum was added to 600μl of working reagent;
samples were incubated for 1min at 37°C and the absorbance
was read at 340nm.

2.6. Statistical Analysis. Data were analyzed using the com-
mercially available statistical software package SPSS 22.
Results were expressed as mean ± SEM and 95% confi-
dence intervals.

Initially duplicate values were averaged before further
statistical treatment. The Shapiro-Wilk test was performed
to initially test whether the data were normally distributed,
as it was the case.

An independent t-test was conducted to examine
whether there were any differences in blood redox status
indices between the control group and the uremic group.
Similarly, an independent t-test was conducted to examine
whether there were any differences in biochemical and
hematological indices between the control group and the
uremic group.

Two-way MANOVA (two groups × two muscles) was
conducted to examine the effects of uremia and muscle type
on muscle redox status indices. Significant interactions and
main effects were further investigated using LSD post hoc
analysis for multiple group comparisons.

Possible relationships between indices were examined
using Pearson correlation coefficient analysis in pool and
per group (control, uremic) data.

The significance level was set at p ≤ 0 05.

3. Results

Both surgery procedures (3/4 partial nephrectomy and sham
operation) were well tolerated by animals as they presented
with a normal after-surgery recovery. At the end of the
twelve-week period postsurgery, animals’ average body
weight was 3728 ± 336 47 g for control and 2935 ± 288 70 g
for the uremic group (p > 0 05).

3.1. Biochemical and Hematological Analyses. Renal insuffi-
ciency in the uremic group, compared to control, was
reflected in the significantly raised (p < 0 05) blood creatinine
levels (Table 1). However, urea levels were not significantly
different between the groups (p > 0 05). Significant differ-
ences were found in the hematological profile of the uremic
group compared to the control group. More specifically,
hematocrit levels and RBC count were significantly lower in
the uremic group compared to the control (p = 0 005) and
(p = 0 001), respectively. All biochemical and hematological
indices are represented in Table 1.

3.2. Blood Redox Status Analysis. All blood redox status indi-
ces are presented in Table 2. GSH concentration was signifi-
cantly higher in the RBC of the uremic group compared to
the control (t 9 = −2 071, p = 0 033). TBARS concentration
tended to be higher in the plasma of the uremic group com-
pared to the control (p = 0 060). No significant differences
(p > 0 05) were found in the rest of redox status indices eval-
uated in the blood between the two groups. Furthermore, we
found no relationship between TAC levels with hematologi-
cal parameters.

3.3. Muscle Redox Status Analysis. No significant group main
effects were found for antioxidant capacity indices (p > 0 05)
for the two groups. Significant group main effects were found
for PC concentration (F 1,21 = 8 902, p = 0 007) in both
muscle types. The LSD post hoc test revealed that PC con-
centration was significantly higher in the uremic group
compared to the control group. No group main effects
were found for TBARS.

Muscle type appeared to affect the level of some indices
for both the uremic and control groups. Significant muscle
type main effects were found for total protein concentration
(F 1,21 = 23 166, p = 0 001) with protein content of the psoas
being higher than the soleus for both groups. Regarding

Table 1: Biochemical and hematological indices in the control and uremic groups.

Control group (n = 6) 95% confidence interval
Uremic group (n = 9) 95% confidence interval

p
Lower bound Upper bound Lower bound Upper bound

Total protein (mg/ml) 68 59 ± 2 12 64.44 72.75 67 89 ± 2 28 63.41 72.37 0.825

Creatinine (mg/dl) 1 28 ± 0 15 1.11 1.45 2 45 ± 0 37 1.72 3.19 0.018∗

Urea (mg/dl) 38 ± 4 3 33.43 43.24 60 ± 11 52 37.42 82.58 0.114

Hemoglobin (mg/dl) 11 08 ± 0 92 10.33 11.81 9 80 ± 0 30 8.22 11.77 0.368

Hematocrit (%) 35 24 ± 0 79 34.54 35.93 26 06 ± 1 85 22.43 29.69 0.001∗

RBC (×106/μl) 5 10 ± 0 17 4.95 5.25 3 92 ± 0 29 3.36 4.48 0.005∗

Data are presented as mean ± SEM. The exact statistical significance value p and the 95% confidence intervals are reported.
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antioxidant capacity, GSH concentration (F 1,21 = 6 175,
p = 0 021) was higher in the soleus, TAC levels
(F 1,21 = 18 316, p = 0 001) were higher in the psoas, and
catalase activity (F 1,21 = 20 597, p = 0 001) and GR activity
(F 1,21 = 7 498, p = 0 012) were higher in the soleus in both
the control and uremic groups.

The LSD post hoc test revealed that total protein and
TAC levels were significantly lower in the soleus compared
to the psoas muscle in both the control and uremic groups.
Additionally, the soleus demonstrated higher levels of
TBARS and PC levels as well as higher GSH levels, cata-
lase, and GR activities compared to the psoas muscle in
both groups.

Levels of PC concentration were higher in the soleus
muscle in both groups (F 1,21 = 6 410, p = 0 019) (Figure 1).
TBARS concentration was also higher in the soleus
(F 1,21 = 14 703, p = 0 001) in both the control and uremic
groups, respectively.

Finally, no interactions were found between the exam-
ined muscle types (psoas, soleus) and groups (control, ure-
mic) for all the redox status indices (p > 0 05). All the
results are summarized in Table 3.

3.4. Associations between Blood and Muscle Levels of Redox
Indices. No statistically significant correlation between blood
levels and muscle levels emerged for any of the antioxidant
capacity and the oxidative stress indices examined in this
study. This was the case either in when analysis was per-
formed for the pool of samples or for each group separately
(p > 0 05). Moreover, no correlations between blood levels
and specific muscle type levels were observed (p > 0 05).
Finally, no correlations were found between hematological
indices and antioxidants or oxidative stress indices in the
blood and skeletal muscle (p > 0 05).

Statistically significant correlations emerged from selec-
tive redox status indices, between the two types of skeletal
muscle which however were differentiated by the group.
Thus, in the uremic group, we observed strong and

significant correlations in PC levels (r = 0 913, p = 0 002), in
GSSG levels (r = 0 766, p = 0 027), and in CAT levels
(r = 0 743, p = 0 035) between the soleus and psoas muscle
samples. However, such correlations were not strong or sta-
tistically significant for the control group (Figure 2).

4. Discussion

We examined redox status indices in the blood and in two
different types of skeletal muscle in an animal model mimick-
ing the predialysis stage of CKD. Our main findings were that
PC levels were higher in the uremic group in both muscle
types and that the soleus had higher levels of TBARS, PC,
GSH, CAT, and GR and lower TAC compared to the psoas
in both groups. Additionally, the GSH concentration was
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Figure 1: Protein carbonyl concentrations for the psoas (control:
0 596 ± 0 372 nmol/mg protein, 95% CI: lower-upper bound:
0.179-1.370; uremic: 1 086 ± 0 294 nmol/mg protein 95% CI:
lower-upper bound: 0.474-1.699) and the soleus (control: 0 929 ±
0 41 nmol/mg protein, 95% CI: lower-upper bound: 0.063-1.795;
uremic: 2 52 ± 0 29 nmol/mg protein, 95% CI: lower-upper bound:
1.905-3.129) in the control and uremic groups. ∗ depicts
significant differences between the control and uremic groups; †
depicts significant differences between the psoas and soleus
muscles, p < 0 05.

Table 2: Blood redox status indices in the control and uremic groups.

Blood Control group (n = 6) 95% confidence interval
Uremic group (n = 9) 95% confidence interval

p
Lower bound Upper bound Lower bound Upper bound

Uric acid (mg/dl) 1 39 ± 0 25 0.907 1.886 1 93 ± 0 38 1.18 2.67 0.263

GSH (μmol/g protein) 12 43 ± 1 01 10.448 14.412 17 50 ± 1 73 14.12 20.88 0.033∗

GSSG (μmol/g protein) 0 027 ± 0 006 0.016 0.039 0 048 ± 0 010 0.028 0.067 0.110

Ratio (GSH/GSSG) 481 ± 53 376.357 585.642 425 28 ± 61 19 305.36 545.21 0.511

GR (U/g protein) 176 40 ± 25 127.393 225.423 153 1 ± 15 84 122.04 184.15 0.425

TAC (μmol DPPH/ml) 0 786 ± 0 033 0.719 0.852 0 759 ± 0 041 0.679 0.838 0.611

CAT (U/mg protein) 342 02 ± 17 69 307.35 376.68 303 63 ± 15 63 273.01 334.26 0.131

PC (nmol/mg protein) 0 603 ± 0 09 0.427 0.780 0 620 ± 0 066 0.491 0.748 0.888

TBARS (nmol/ml) 5 12 ± 0 42 4.292 5.948 7 03 ± 0 81 5.44 8.62 0.060

Data are presented as mean ± SEM. The exact statistical significance value p and the 95% confidence intervals are reported. GSH: reduced glutathione; GSSG:
oxidized glutathione; TAC: total antioxidant capacity; CAT: catalase; PC: protein carbonyls; TBARS: thiobarbituric acid reactive substances, ∗ statistical
significance between the control and uremic groups, p < 0 05.
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significantly higher in the RBC of the uremic group com-
pared to the control group. Moreover, we found no signifi-
cant correlations in redox status indices between the blood
and skeletal muscle.

The results demonstrated that early during the develop-
ment of CKD there is an alteration in muscle redox homeo-
stasis; importantly, both oxidative damage and antioxidant
capacity seemed to be muscle type-specific. Very impor-
tantly, as it will be discussed below, we observed no associa-
tion between the blood and muscle levels of the biomarkers
examined, which bears significance for their prospective use
in monitoring muscle pathology development.

The animal model was successfully established as it is
reflected by the increases in creatinine and urea in the uremic
group as compared to the control group, in agreement with
observations by others using a similar model (e.g., Taes
et al. [44]). Urea levels in the uremic group were almost

double than those in the control group that difference was
not statistically significant. This could be due to the small
number of animals and animal variability. However, as a
clinical observation, the doubling of urea is indicative of a
considerably compromised renal function [44, 45]. More-
over, the hematological disturbances in the uremic group
(significantly lower hematocrit and RBC compared to con-
trol) indicated the development of anemia, which is similar
to the human condition [29].

Considering the antioxidant capacity, we observed a 40%
higher GSH concentration in uremic blood samples com-
pared to control. GSH is a primary antioxidant molecule
which belongs to the endogenous defense against ROS and
its role is critical for the cellular redox environment [46],
since it is the most abundant nonprotein thiol that counter-
acts oxidative stress [47]. There are conflicting results regard-
ing GSH concentration in CKD patients, which sometimes
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Figure 2: Correlation of protein carbonyl (PC) concentration (a, b), oxidized glutathione (GSSG) concentration (c, d), and catalase (CAT)
activity (e, f) between the psoas and soleus muscles in the control and uremic groups, respectively. Only in the uremic group correlations
were statistically significant for (b) PC levels (r = 0 913, p = 0 002), (d) GSSG levels (r = 0 766, p = 0 027), and (f) CAT activity (r = 0 743,
p = 0 035).
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appear to depend on the severity of the disease and some-
times not. Thus, in moderately uremic predialysis patients,
Bober et al. found higher levels of GSH compared to age-
matched healthy individuals [48], in agreement to our obser-
vations. However, in other studies, lower GSH levels in the
whole blood of CKD predialysis patients have been observed
compared to controls [49–51] interpreted as a depletion in
the antioxidant reserve. Alhamdani [52] evaluated the
glutathione biosynthetic pathway in advanced uremia and
hemodialysis measuring GSH levels and γ-glutamyl cysteine
synthetase (γ-GCS) and glutathione synthetase (GSH-S)
activities in nondialysis, hemodialysis, and continuous
ambulatory peritoneal dialysis patients. Significant decreases
in GSH levels and γ-GCS activity but not in GSH-S activity
were observed in all groups of patients compared to healthy
individuals. Thus, low activity of γ-GCS, the rate-limiting
enzyme of GSH biosynthesis, may negatively affect de novo
synthesis of GSH in those patients with low levels of GSH.

The observed increased levels of GSH concentration in
uremic blood samples in our study could be attributed to
an upregulation of its synthesis in response to a greater
demand, especially, given the almost doubling of blood GSSG
in the uremic group (levels being 1.77-fold of those of the
control group). This observation, despite not reaching statis-
tical significance, indicates a tendency for increased levels of
hydrogen peroxide or lipid peroxides, similar to human stud-
ies [50]. Nonetheless, CAT also reduces hydrogen peroxide
to water, but there was no statistical difference in the activity
of the specific antioxidant enzyme between the two groups in
our study (still, CAT activity tended to be lower in erythro-
cytes of the uremic group). CAT is located in peroxisomes
while GSH and GPx are found mainly in the cytosol [53].
This subcellular compartmentalization is undoubtedly
important for hydrogen peroxide detoxification. Based on
the above, it appeared that hydrogen peroxide scavenging
in circulation was undertaken to a greater degree by the
glutathione redox cycling mechanism than CAT in our
CKD model.

In patient studies, while general clinical guidelines are
followed, dietary approaches can greatly influence GSH
levels, contributing to literature’s conflicting reports. GSH
concentration is decreased by fasting, low-protein diets, or
diets limiting in sulfur amino acids such as cysteine [54].
However, administration of α-lipoic acid, a naturally occur-
ring thiol compound, increases GSH levels in several cell
types and tissues [54–56] and also restores intracellular
GSH in several pathological conditions [54]. Moreover,
selenium (Se) as an integral part of the enzyme GPx plays
a key role in GSH levels [57]. In our study, both control
and uremic animals followed the same diet, carefully
designed not to tax the remaining kidney function, simi-
larly to diet guidelines followed by patients, while providing
balanced nutrients and minerals, to minimize any diet-
induced effect on GSH levels.

Muscle analysis per group and per muscle type indicated
redox disturbances in the skeletal muscle of the uremic
group. The significant increase in PC levels by approximately
1.82-fold for the psoas and 2.71-fold for the soleus in uremic
compared to control psoas and soleus, respectively, points to

increased levels of sarcomeric protein carbonylation. It is well
established that oxidized proteins undergo diverse structure
and functional changes including change in their hydropho-
bicity which makes them more susceptible to proteolysis
[58]. Carbonylation, which is an irreversible and irreparable
protein modification, tags proteins to be led through proteol-
ysis or to form high-molecular weight aggregates through
direct oxidation of side chains of lysine, arginine, proline,
and threonine residues, among other amino acids. Such car-
bonylated aggregates can become cytotoxic and have been
associated with a large number of age-related disorders [59].

Moreover, our findings are in agreement with those
reported by Lim et al. [60] in the skeletal muscle of HD
patients. Our results of increased PC levels in the skeletal
muscle of the animal model, and the available patient evi-
dence by Lim et al., fit with the projection of the development
of muscle atrophy, which is a well-established component of
uremic myopathy in end-stage hemodialysis patients [61].
Such interpretation is also corroborated by the recent finding
of moderate atrophy in the psoas muscle fibers of chronically
uremic animals [62]. Moreover, Lim et al. also found
increased TBARS levels, for which, in agreement to the over-
all disease profile, we reported a tendency for increased levels
in the muscle. We cannot exclude the formation of protein
aggregates, but considering other evidence on progressive
atrophy and the young age of the animals studied, we con-
sider that increased PC levels are a plausible indication of
atrophy mechanisms under way in predialysis stages of renal
insufficiency. Taking into account the role of carbonyl stress
in vascular damage [63] and the generally impaired function-
ality of the muscle in CKD [61, 62], early measures protecting
muscle protein and vasculature from oxidation could prove
of great importance for patients before progressing into the
end stage where HD aggravates the redox imbalance [11]
and further negative effects on muscle status accumulate.

The observed tendency for an increase in blood TBARS
levels of the uremic group compared to the control group
possibly revealed a predisposition towards lipid peroxidation
[64], a pathogenetic factor in atherosclerosis [65]. Further-
more, lipid peroxidation negatively affects erythrocyte mem-
brane integrity, playing a major role to their half-life
shortening and thus to the development of anemia [56]. This
agrees with our observation of lower RBC and Hct in our pre-
dialysis model. Papavasiliou et al. [66] found statistically sig-
nificant increased TBARS levels in the plasma of predialysis
patients with stages 3-5 CKD compared to healthy individ-
uals. In the same study, patients on stages 1-2 CKD exhibited
a tendency for higher TBARS levels compared to healthy
individuals. In addition, stages 1-2 CKD patients exhibited
significantly lower MDA levels compared to the stages 3-5
CKD patients [66]. Regarding HD patients, the large majority
of studies reported increased TBARS levels in the plasma
compared to healthy individuals [48, 63, 67–70], reflecting
extensive lipid peroxidation, while erythropoietin treatment
can help mitigate redox disturbances and inflammation,
especially in the long term [70].

Taking all the above into consideration together with our
findings, it could be concluded that blood lipid peroxidation
in CKD emerges from the early stages of renal insufficiency.
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Skeletal muscle wasting is a characteristic of several
chronic diseases [71] including kidney disease. In previous
work, some of us have demonstrated a fiber-type specificity
of atrophy in HD patients [61, 72]. Here, we examined the
redox status of the slow-twitch soleus (expressing mainly
myosin heavy chain type I) and the fast-twitch psoas
(expressing mainly the fast myosin heavy chain IIX) [23,
27]. Overall, the soleus muscle presented with higher levels
of TBARS and PC levels but also with higher GSH levels
and catalase and GR activities compared to the psoas muscle
in both groups. Thus, while due to its mitochondrial content,
the soleus may be expected to experience a higher oxidative
stress load at the same time it appeared better equipped to
withstand it, in agreement with the limited literature existing
in patients [4].

One of the suggested mechanisms to explain muscle
catabolism involves the tumor necrosis factor-α (TNF-α)
[73, 74], via the regulation of hormones and catabolic cyto-
kines [75–77] and can also promote muscle loss by stimulat-
ing the ubiquitin gene expression [78] and activating the
nuclear factor NF-κB [79]. In HD patients, Li et al. [80]
observed that TNF-α can directly trigger protein loss and
decrease in myosin heavy chain fast (MHCf) levels in the
skeletal muscle. It is also known that TNF-α/NF-κB signaling
pathway is widely affected from endogenous ROS. TNF-α
widely excites mitochondria ROS production, promoting
TNF-α/NF-κB activation [81, 82], a process which seems to
be tissue-specific [80]. In line with these reports, human
studies [4] indicate greater atrophy in fast-twitch muscles,
perhaps via mitochondrial dysfunction in the uremic envi-
ronment. Taking into consideration that fast muscle is the
type mostly affected in patients [61], perhaps the redox dis-
turbances in the psoas muscle eventually contributes to the
literature observations of atrophy. On the other hand,
despite the expected increased levels of mitochondrial func-
tion, the presence of higher concentrations of GSH, CAT,
and GR in our study indicated that healthy soleus may have
a higher antioxidant capacity than healthy psoas. In response
to an augmented oxidative load due to renal insufficiency,
uremic soleus appears to have further upregulated its
defenses in the predialysis CKD stage, resisting the detrimen-
tal effects of ROS.

The present study evaluated the possible relationships
between redox status indices in the blood and skeletal muscle
under chronic renal insufficiency. Notably, we observed no
correlation between the redox indices evaluated in the blood
and their levels in the two different types of skeletal muscle
(psoas, soleus). Correlation analysis was further expanded
to explore the differences obtained in the redox markers at
the blood and muscle levels in relation to parameters related
to the development of anemia. However, we observed no cor-
relation between these indices.

Although the accessibility to all tissues is feasible in ani-
mal models providing the opportunity to evaluate redox sta-
tus in the tissue of interest, in humans, several difficulties and
ethical limitations in such invasive processes exist, especially
in patients. Thus, in the majority of human studies, redox
status indices have been evaluated in the blood and results
are extrapolated in tissues. However, due to limited studies

[83, 84], it remains uncertain if and in which cases evaluating
redox status indices in the blood adequately reflects the redox
status in tissues. Rodriguez et al. [83] found that protein
carbonyl concentrations were moderately (r = 0 51) corre-
lated between the blood and skeletal muscle (vastus lateralis)
in patients with chronic obstructive pulmonary disease. Ves-
koukis et al. [84] reported that four redox status indices (PC,
GSH, GSSG, and catalase) in the blood adequately reflected
the oxidative stress changes that happened in healthy skeletal
muscle (rat gastrocnemius) after exercise and/or xanthine
oxidase inhibition. This discrepancy could be explained by
the differences in methodology adopted such as the type of
animal model, muscle used (e.g., in Veskoukis et al. gastroc-
nemius, which has a different myosin composition than rab-
bit psoas), lab protocols, and the renal dysfunction per se
having possibly an overarching systemic effect that could
mask muscle’s contribution to blood levels of redox indices.

If a disease state is implicated then not only the primarily
suffering organic system could be contributing to a redox
imbalance (as e.g., the kidney [85]) but also secondarily
affected systems (e.g., muscle), as well as systemic inflamma-
tion [60, 86] and vascular stress [87] could be implicated.
Measuring redox status in the blood in such a complex state
may not thus allow clear conclusions with regard to tissue
levels because high levels of generalized oxidative stress or
increased blood antioxidant capacity could be masking the
contribution of oxidative damage originating in the skeletal
muscle. We cannot exclude the possibility that if uremic or
control animals were exercised blood ROS levels might have
reflected skeletal muscle levels. Based however on our data, in
a small number of animals, with tissue samples on the resting
state, we cannot presently recommend that any blood
marker, among those studied, could reliably reflect intramus-
cular redox status.

The findings of this study should be considered in the
light of some limitations. We observed statistically significant
correlations in the levels of critical redox indices between the
soleus and the psoas in the uremic group and not in the con-
trol, which could partly reflect the disease-induced modifica-
tion of muscle properties without excluding an effect of small
sample size. A bigger number of animals could better clarify
the tendencies for some indices examined, perhaps also
including a nonoperated control group. However, due to
the high cost of the model and ethical considerations, this
was not possible in the present work. While we implemented
an extensive panel of redox homeostasis, based on the estab-
lished laboratory expertise, future work could extend this
assessment to additional redox indices and enzymes (e.g.,
those upstream of catalase such as superoxide dismutase
(SOD)) or also consider the emerging ratio between SOD
and CAT [88], the role of peroxiredoxin proteins [89]. More-
over, future work should examine the interplay between
molecular mechanisms of atrophy and renal insufficiency as
well as the association between a set of inflammatory bio-
markers and the progression of CKD. Finally, it could be
of interest to obtain data from a group of uremic rabbits
also treated with antioxidant compound to evaluate the
responsiveness of redox balance in the blood and in the
muscle tissues.

10 Oxidative Medicine and Cellular Longevity



5. Conclusion

In conclusion, the results of this work demonstrate that even
in the predialysis stages of CKD there is an emergence of oxi-
dative stress in the blood and a possibly adaptive response by
the upregulation of the blood antioxidant defense. Moreover,
carbonyl formation in both fast and slow skeletal muscle
types, an indication of protein oxidation that can lead to pro-
tein degradation and proteolysis, emerges as a plausible early
stimulus towards muscle atrophy observed later in advanced
CKD. Last but not the least, it was found that blood levels of
the redox status indices studied here did not reflect muscle
concentrations. More work is needed in the direction of suc-
ceeding in less invasive monitoring of early muscle-related
redox imbalances taking into consideration specific disease
effects, age, and available techniques.

Our results showed redox disturbances both in the blood
and muscle in an early stage of renal insufficiency, highlight-
ing the need for further research in redox challenges imposed
by chronic renal insufficiency on the skeletal muscle with a
view of preserving muscle status before progression to the
end stage of disease.
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Iron homeostasis in the cardiac tissue as well as the involvement of the hepcidin-ferroportin (HAMP-FPN) axis in this process and
in cardiac functionality are not fully understood. Imbalance of iron homeostasis occurs in several cardiac diseases, including
iron-overload cardiomyopathies such as Friedreich’s ataxia (FRDA, OMIM no. 229300), a hereditary neurodegenerative
disorder. Exploiting the induced pluripotent stem cells (iPSCs) technology and the iPSC capacity to differentiate into specific
cell types, we derived cardiomyocytes of a FRDA patient and of a healthy control subject in order to study the cardiac iron
homeostasis and the HAMP-FPN axis. Both CTR and FRDA iPSCs-derived cardiomyocytes express cardiac differentiation
markers; in addition, FRDA cardiomyocytes maintain the FRDA-like phenotype. We found that FRDA cardiomyocytes show an
increase in the protein expression of HAMP and FPN. Moreover, immunofluorescence analysis revealed for the first time an
unexpected nuclear localization of FPN in both CTR and FRDA cardiomyocytes. However, the amount of the nuclear FPN was
less in FRDA cardiomyocytes than in controls. These and other data suggest that iron handling and the HAMP-FPN axis
regulation in FRDA cardiac cells are hampered and that FPN may have new, still not fully understood, functions. These findings
underline the complexity of the cardiac iron homeostasis.

1. Introduction

Iron is a trace metal essential for numerous biological pro-
cesses. Its homeostasis is finely regulated, since both iron
excess and deficiency are potential detrimental. In fact, iron
excess favors the formation of oxygen radicals, while iron
deficiency impairs enzyme functionality affecting oxygen
metabolism. It has been demonstrated that the dysregulation
of iron homeostasis is involved in different pathological con-
ditions, including cancer, anemia, neurodegenerative disor-
ders, and cardiac diseases [1]. Iron deficiency was found to

occur in heart failure patients, independently of normal
systemic iron concentration, causing morphological and
functional mitochondrial alterations and consequently ATP
depletion [2]. These dysfunctions, in turn, impair cardiac
contractility and relaxation. Ironically, cardiomyopathy can
be induced also by systemic iron overload, as in hereditary
hemochromatosis (HH) and β-thalassemia, and by iron mis-
distribution in the cellular organelles, as in Friedreich’s ataxia
(FRDA) [3]. Iron excess causes an alteration of systolic and
diastolic functions through the decrease of L-type channel
activity, essential for the heart contraction. In addition, at
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the cellular level, iron misdistribution in cellular organelles,
such as the mitochondria, can damage the cells through
oxygen radical production. Cardiomyocytes, being endowed
of poor antioxidant defenses, are more susceptible to reac-
tive species of oxygen (ROS) damage via Fenton and
Heiber-Weiss-typereactions [3, 4]. Iron homeostasis is reg-
ulated by several proteins involved in the iron uptake,
transport, storage, and export. These proteins cooperate
with ferrireductases, ferroxidases, and chaperones to regu-
late the cellular iron trafficking and to limit the unbound
labile iron pool (LIP), potential source of ROS. Iron exists
within heme molecules such as hemoglobin and cytochromes
or in iron-sulfur cluster- (ISC-) containing proteins such
as succinate dehydrogenase; moreover, nonheme/non-ISC
iron-containing proteins are present in the cells [5]. Non-
heme iron is transported into the cells by iron-binding
proteins, such as transferrin. Cellular uptake of iron from
transferrin is initiated by the binding of transferrin to
transferrin receptor 1 (TFRC). TFRC is a transmembrane
protein that assists iron uptake through receptor-mediated
endocytosis of iron-loaded transferrin [5]. In addition, iron
chaperones such as frataxin, a nuclear-encoded protein local-
ized into the mitochondrial matrix, act as iron sensor and
storage proteins as well as iron chaperons during cellular
Fe-S cluster biosynthesis [6].

In iron homeostasis, a central regulatory mechanism is
the binding of the hormone hepcidin (HAMP) to the iron
exporter ferroportin (FPN). FPN is the only iron-exporting
protein localized in the cell membrane; it was independently
discovered by three different groups [7–9]. The FPN struc-
ture has not been completely defined; it is characterized by
9-12 transmembrane domains (TMs), organized into two
six-helix halves, which are connected by a large cytoplasmic
loop between the 6th and the 7th domain [10, 11]. Further-
more, whether the functional form of FPN is monomeric or
dimeric remains an open question. Genetic and biochemical
evidences support the dimeric form [12]. However, different
groups reported that FPN is a monomer, and that, in this
form, it is able to bind HAMP [13, 14]. Regulation of FPN
occurs at multiple levels, transcriptional, posttranscriptional,
and posttranslational. FPN expression is regulated at the
transcriptional level by hypoxia inducible factor-2alpha
(HIF2α) in response to hypoxia and inflammation; more-
over, it is induced by iron heme and other metals. Posttran-
scriptionally, FPN synthesis is regulated by iron regulatory
proteins (IRPs), which bind to an iron responsive element
(IRE) located in its 5′UTR. In addition, posttranslational reg-
ulation of FPN is mediated by HAMP. HAMP binds FPN
and triggers its internalization, ubiquitination, and subse-
quent lysosomal degradation [10, 11].

At systemic level, circulating HAMP is synthesized by the
liver, where it is induced in iron overloading conditions and
is inhibited by iron deficiency due to anemia, hypoxia, inef-
fective erythropoiesis, and inflammation [10, 11]. HAMP is
also expressed in the heart, brain, kidney, and placenta [15];
in these tissues, its role is less defined, but it is likely involved
in iron handling. HAMP expression is regulated by different
members of the TGF-β superfamily, including BMP (bone
morphogenetic protein) receptors, associated BMP ligands,

and the cytoplasmic SMAD transcription factor [16]. More-
over, it is been shown that Atoh8 (atonal bHLH transcription
factor 8) contributes to hepcidin regulation in response to
iron levels by interacting with Id1 proteins [17]. Cardiac
expression of HAMP is induced in response to hypoxia and
inflammation [18]. Upregulation of HAMP occurs in heart
ischemia [19], while its downregulation was described in a
mouse model of dilated cardiomyopathy [20]. Moreover,
Hsieh et al. [21] showed that apoptosis was induced by the
knockdown of HAMP by siRNA in human cardiomyocytes
treated with ferrous iron. Anomalies of HAMP-FPN axis
affect the heart functionality. Mouse cardiac FPN knockouts
show dilated cardiomyopathy and iron deposits in cardio-
myocytes [22]. In addition, it has been shown that HAMP
knockout at the cardiac level leads to an increase in cardiac
FPN; moreover, HAMP loss or HAMP unresponsiveness
is associated to cardiac hypertrophy and apoptosis [23]. In
addition, heart autoptic tissue of FRDA patients revealed
macrophagic inflammatory infiltrate with high levels of
HAMP and iron deposits [24]. To the mechanisms of iron
uptake, transport, storage, and export mentioned above,
one should add those that regulate the utilization of iron
and its correct subcellular distribution. Noteworthy, a still
underestimated subcellular compartment involved in iron
trafficking is the nucleus, where iron-sulfur clusters associ-
ated with DNA repair enzymes [25] and transcription factors
have been described [26]. Iron transporters and storage
proteins, such as the divalent metal transporter 1 (DMT1),
lactoferrin, and ferritin, are associated to the nucleus [27].

The deregulation of iron compartmentalization is very
often associated with neurodegenerative pathologies such as
Friedrich’s ataxia, a progressive neurodegenerative disorder
characterized by degeneration of central and peripheral ner-
vous systems and associated with hypertrophic cardiomyop-
athy and iron deposits [28]. Cardiomyopathy and subsequent
cardiac failure is the most common cause of death in FRDA
patients [29], where expanded GAA repeats in intron 1 of
the frataxin gene (FXN) cause its partial deficit [30]. Physio-
logical functions of frataxin involve iron binding and storage,
biogenesis of heme and iron-sulfur clusters, and iron sensing;
data suggest that further—still undetermined—functions are
present. Frataxin depletion results in mitochondrial dysfunc-
tion, mitochondrial iron accumulation, and ROS production
[5, 31]. In this context, the complex relationship between the
mitochondrial aberrations, iron imbalance and frataxin dys-
function, has contributed to the difficulty of deciphering the
molecular mechanisms underlying the iron homeostasis
imbalance and consequently of identifying effective therapeu-
tic molecules to mitigate the cardiac hypertrophy. Moreover,
the lack of a model that can recapitulate the phenotypic and
genotypic characteristics of FRDA contributes to the poor
knowledge of the underlying mechanisms of this disease.

Aim of the present study is to generate and character-
ize iPSC-derived cardiomyocytes as a cellular model to
explore the HAMP-FPN axis and investigate the iron
homeostasis in FRDA cardiac phenotype. Differentiation of
iPSC-derived cardiomyocytes was monitored by cardiac gene
analysis with real-time PCR and evaluation of cardiac pro-
teins by cytofluorimetric and immunofluorescence methods.
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2. Material and Methods

2.1. Human-Induced Pluripotent Stem Cells (hiPSCs).Human
iPSCs derived from a healthy subject and from a FRDA
patient were obtained from the NIGMS Human Genetic
Cell Repository at the Coriell Institute for Medical Research:
(GM 23280∗A and GM23404∗B, respectively) and gener-
ated through fibroblast reprogramming according to the
Yamanaka method [32]. Table S1 reports genotypic and
phenotypic features of the subjects.

2.2. Cardiomyocyte Derivation from hiPSCs. Differentiation
of hiPSCs in cardiomyocytes was performed according to
the GiWi method by Lian et al. [33]. The detailed protocol
and the timeline of cardiac differentiation are reported in
Figure S1.

2.3. Flow Cytometric Analysis. For cytometric analysis, wells
were washed with PBS 1x and cardiomyocytes were dissoci-
ated with trypsin-EDTA 0.25% and then fixed in 1% parafor-
maldehyde for 20min at room temperature and 90% cold
methanol for 15min. Cells (0 5 × 106) were centrifuged and
the pellet incubated with primary anti-troponin T (TNNT2)
antibody (Thermo Fisher Scientific, Waltham, MD) over-
night at 4°C in a buffer containing 5% BSA and 1% Triton
X-100 in PBS. Secondary antibody (Alexa Fluor 488 Goat
anti-mouse IgG1) was added, and the samples were incu-
bated for 30min at room temperature, after which the nuclei
were stained with DAPI. Samples were acquired using a
FACSCalibur instrument and analyzed with the CellQuest
software (Becton Dickinson, Italy). The primary and second-
ary antibody and the dilutions used are listed in Table S2.

2.4. Immunostaining Analysis. Cardiomyocytes were washed
with PBS 1x and were dissociated with trypsin-EDTA
0.25% and then seeded on 0.1% gelatin-coated coversplis at
1 × 105cells/mL. After two days, the cells were fixed in 4%
paraformaldehyde for 15min at room temperature. The
primary and secondary antibody and the dilutions used are
listed in Table S2. Cardiomyocytes were incubated overnight
at 4°C with the primary antibody in a buffer containing 5%
nonfat dry milk and 0.4% Triton X-100 in PBS. Cells were
washed three times for 5min in PBS 1x. Subsequently, the
cardiomyocytes were incubated with the secondary antibody
for 20min at room temperature, followed by nuclear staining
with mounting medium containing DAPI (Santa Cruz
Biotechnology, DBA, Italy). Images of cardiomyocytes were
obtained using a fluorescence microscope (Leica DMLB Fluo
MS15062).

2.5. RNA Isolation and cDNA Synthesis. Total RNA was
extracted with TRIzol™ reagent (Invitrogen, Milan, Italy)
following the manufacturer’s instructions. RNA quality was
measured by evaluation of 28S and 18S rRNA band sharp-
ness after denaturing electrophoresis. RNA purity and con-
centration were assessed by spectrophotometer evaluation
(Ultrospec 3000, Pharmacia Biotech, Cambridge, UK) at 230,
260, and 280nm. Reverse transcription (800ng of RNA tem-
plate) was performed in a final volume of 20μL using the
iScript cDNA Synthesis Kit (Bio-Rad, Hercules, CA) following

the manufacturer’s instructions. The cDNA thus obtained was
stored at -20°C and used for qRT-PCR analysis.

2.6. Quantitative RT-PCR Analysis. Quantitative RT-PCR
was performed according to Abruzzo et al. [34] in a
Bio-Rad CFX96 real-time thermal cycler using the SsoAd-
vanced™ SYBR® Green Supermix (Bio-Rad Laboratories,
Hercules, CA). The primer sequences for target and house-
keeping genes (β-actin, GAPDH) are listed in Table S3.
Primers were designed with PRIMER3 and AMPLIFY
software and, whenever possible, were designed as to span
an exon-exon junction. All primers were purchased from
Sigma-Aldrich (St. Louis, MO). Data were analyzed with
the software CFX Manager software (Bio-Rad Laboratories,
Hercules, CA), by using the 2−ΔΔCT method [35]; data were
normalized with the housekeeping genes β-actin and
GAPDH; primer efficiency in the real-time PCR reaction
was between 95% and 105% [36].

2.7. Bioinformatic Analysis of Ferroportin Protein Sequence.
In order to evaluate whether a nuclear localization signal
(NLS) is present in FPN, its protein sequence was analyzed
by cNLS Mapper, a freely available software (http://nls-
mapper.iab.keio.ac.jp/cgi-bin/NLS_Mapper_form.cgi). cNLS
is a bioinformatic tool useful to predict the NLS specific for
the αβ importin pathway; it yields the NLS scores (levels of
NLS activities). Four NLS profiles are calculated: class 1/2,
class 3, class 4, and bipartite NLSs. cNLS Mapper extracts
putative NLS sequences with a score equal to or more than
the selected cutoff score. Each amino acid residue at each
position within an NLS class yields a score that sums up in
order to characterize the entire NLS activity. Higher scores
(8, 9, or 10) indicate the exclusive localization in the nucleus;
scores 7 or 8 indicate a partial localization in the nucleus;
scores 3, 4, or 5 suggest that the protein is localized both in
the nucleus and in the cytoplasm. Scores 1 or 2 define the
exclusive localization in the cytoplasm [37].

2.8. Confocal Analysis of Ferroportin. Confocal microscopy
was used to study the presence of the FPN in the nuclei of
iPSC-derived cardiomyocytes. Sections were scanned with
a Nikon Ti-E fluorescence microscope coupled to an A1R
confocal system and the NIS-Elements AR 3.2 software. A
diode laser system with 405 wavelength output, air-cooled
argon-ion laser system with 488 wavelength output, and
yellow diode-pumped solid-state laser system with 561
wavelength output were used. Images were acquired with
oil immersion 60x with an optical resolution of 0.18 micron,
2x scanner zoom, and 1024 × 1024 pixel resolution. All the z
stacks were collected in compliance with optical section sep-
aration (z interval) values suggested by the NIS-Elements AR
3.2 software. Three random fields per sample were acquired,
containing at least 10 cells per sample. Stacks were 0.850μm
for a total of 14 images. 3D images were analyzed by the
Imaris software (Bitplane, Concord, MA). The algorithm of
the software is able to detect the nuclei, marked by DAPI,
and create an isosurface on the blue fluorescence. Then, the
green fluorescence, corresponding to the total FPN signal,
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was quantified only inside the nuclei isosurfaces. In addition,
the volume of each nucleus was measured and analyzed.

2.9. Western Blot Analysis. Cardiomyocytes were lysed in
50mM Tris-HCl (pH8.0), 150mM NaCl, NP-40 1%, and
protease inhibitor mix (Roche, Sigma-Aldrich, Saint Louis,
MO). Protein concentration was determined using Bradford
protein assay (Bio-Rad Laboratories, Hercules, CA). 45μg
of protein samples was solubilized in Laemmli buffer 4x
(200mM Tris-HCl, pH6.8, 5% SDS, 25% glycerol, 0.04%
bromophenol blue, and 5% beta-mercaptoethanol) for 1 h
in ice bath. Precast gradient gels (Mini-PROTEAN TGX
stain-free protein gel, 4-15% polyacrylamide) (Bio-Rad Lab-
oratories, Hercules, CA) were used. Mini-PROTEAN TGX
gels contain trihalo compounds, which, in the presence of
UV light, react with tryptophan residues producing fluores-
cence, proportional to the total protein amount of the sam-
ple. Gels were electroblotted onto nitrocellulose membranes
(pore sizes: 0.45μm). Membranes were exposed to UV light
in order to visualize the protein band integrity and the effi-
ciency of transfer. After blocking in Tris-buffered saline
(TBS 1x) containing 0.1% Tween-20 (TBS-T), nonfat milk
5%, and 1% BSA for 1 h at room temperature, membranes
were probed overnight at 4°C with the primary antibodies
and then washed three times with TBS-T and incubated
with rabbit-IgG HRP-conjugated secondary antibody, dis-
solved in blocking buffer for 1 hour at room temperature.
Details about primary and secondary antibodies used are
listed in Table S2. Finally, membranes were incubated with
ECL chemiluminescent reagent (Western Bright ECL HRP
substrate, Advansta, CA, USA) and exposed to an X-ray
film (Aurogene s.r.l., Rome, Italy). Densitometric analysis
was performed by means of Bio-Rad Gel Doc 2000. Density
of specific protein bands was normalized to the β-actin band.

2.10. Statistical Analysis. For quantitative RT-PCR, statistical
analysis was performed by the CFX Manager software
(Bio-Rad Laboratories, Hercules, CA) and qbase plus
(http://www.biogazelle.com/). For Western blot, the statis-
tical analysis was performed by Student’s t-test. A value of
p < 0 05 was considered statistically significant.

3. Results

3.1. Cardiomyocyte Differentiation from hiPSCs. The differ-
entiation of cardiomyocytes (CMs) from iPSCs was success-
fully repeated four times. Movies SM1 and SM2, reported in
the Supplementary Materials, show beating CMs from both
control and FRDA cultures. Notably, some of the beating
areas found in cardiomyocyte cultures derived from FRDA
iPSCs were unsynchronized, in contrast with the remarkable
synchronization of control cardiomyocyte cultures.

3.2. Cardiomyocyte Characterization. The characterization
of cardiomyocyte differentiation was obtained by evaluat-
ing the synthesis of four heart-specific genes: GATA4, a
transcription factor specific for the cardiac lineage; SIRPA,
a nonreceptorial tyrosine protein-phosphatase, exclusively
expressed on the surface of hiPSC-derived cardiomyocytes
[38]; and TNNT2 and actinin 2, two cardiac structural

proteins. Messenger RNAs from control and FRDA CMs
and iPSCs were compared by qRT-PCR and results are
shown in Figure 1(a) as the average of four independent
differentiation procedures. Cardiac-specific genes were sig-
nificantly upregulated in CMs with respect to iPSCs in
both control and FRDA samples.

Moreover, TNNT2 protein was evaluated by FACS anal-
ysis in CMs (Figure 1(b)). FACS analysis showed that the effi-
ciency of CM differentiation from iPSCs was 80-90%.

Finally, the immunofluorescence analysis demon-
strated that TNNT2 costained with the heavy myosin chain
(MF20) proteins (Figure 1(c)) in both control and FRDA
CMs. TNNT2 fluorescence suggests that both control and
FRDA CMs display the typical sarcomeric organization.

3.3. Maintenance of the FRDA-Like Phenotype in iPSCs and
CMs. To determine whether FRDA iPSCs and CMs main-
tained the FRDA-like phenotype, the gene expression of
FXN was analyzed. As expected, the expression of FXN gene
in FRDA iPSCs was about 30% of control iPSCs (Figure 2).
Moreover, cardiac differentiation did not alter the patholog-
ical phenotype; the expression of FXN in FRDA CMs was
about 55% with respect to control. An average of four
independent experiments is shown.

3.4. TFRC Gene Expression Is Upregulated in FRDA CMs. The
mRNA abundance of the key iron homeostasis-related genes
was assessed in control and FRDA CMs by qRT-PCR. Data
are shown in Figure 3 as the average of four independent
differentiation procedures. The expression of transferrin
receptor (TFRC) was significantly increased in iPSC-CMs
FRDA. Moreover, also the mRNA levels of HAMP, FPN,
and ATOH8, a transcription factor involved in HAMP regu-
lation, showed a trend to increase. No relevant difference was
evidenced in the expression of FTH1 gene.

3.5. Protein Expression of HAMP and FPN Is Increased in
FRDA CMs. To validate gene expression data, the protein
amount of HAMP and FPN by Western blot was evaluated
in whole lysates of both CTR and FRDA CMs. A representa-
tive image and the densitometric analysis of the bands are
shown in Figures 4(a) and 4(b); the average of three indepen-
dent differentiation experiments is reported. A significant
increase of HAMP and FPN (about 2.5 and 2.0 times, respec-
tively) was found in FRDA CMs compared to controls. It
should be noted that FPN antibody detects two bands, at
about 72 kDa and 62 kDa, respectively, both of which were
more intense in FRDA CMs with respect to controls. Ross
et al. [39] described two FPN bands, at ~65 and ≈55 kDa,
respectively, in T-REx™/FPN-V5 cells and demonstrated that
the heavier isoform was glycosylated.

3.6. FPN Nuclear Localization in iPSC-Derived CMs. FPN
protein localization and expression was assessed by immu-
nostaining using confocal microscopy. Figure 5(a) clearly
demonstrates a nuclear localization of FPN in both CTR
and FRDA CMs. Moreover, the analysis of FITC fluorescence
intensity (Figure 5(b)) showed that (i) the amount of FPN
was significantly lower in the nuclei from FRDA CMs com-
pared to controls and (ii) decrease was stronger when
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normalized to the volume of the nucleus, which (iii) is greater
in FRDA CMs than in control. Since the nuclear localization
of FPN had not been previously described, we used the cNLS
Mapper software to identify, if present, nuclear localization
signals (NLS) in the FPN protein sequence (NP_055400).
This analysis revealed three predicted bipartite nuclear
localization sequences: a sequence of 29 aa in 223 position

(LWKVYQKTPALAVKAGLKEEETELKQLNL) with 3.3
score, a sequence of 32 aa (WLRRKCGLVRTGLISGLAQL-
SCLILCVISVF) in 362 position with 3.1 score, and finally
a sequence of 29 aa (KAGLKEEETELKQLNLHKDTEPK-
PLEGTH) in 236 position with 3.8 score (Figure 5(c)). The
NLS score analysis suggests that FPN can be localized in both
the nucleus and cytoplasm.
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Figure 1: Characterization of CTR and FRDA iPSCs and iPSC-derived CMs. (a) Gene expression of four specific cardiac genes, GATA4,
SIRPA, TNNT2, and actinin 2 characterized by qRT-PCR. Data were normalized with two housekeeping genes, β-actin and GAPDH; for
each gene, the normalized expression value of CTR iPSCs was set to 1, and all other gene expression data were reported to that sample.
PCR was run in triplicate; data are from four independent differentiation experiments and are expressed as mean ± SEM. ∗p < 0 05; ∗∗p <
0 01. (b) A representative flow cytometer analysis of CTR and FRDA CMs stained with TNNT2. NC negative control was stained with
secondary antibody only; M1: percentage of TNNT2-positive CMs; M2: percentage of CMs highly positive to TNNT2. (c) A representative
immunofluorescence image of CTR and FRDA CMs. TNNT2 is stained in green; heavy myosin chain (MF 20) is stained in red; the nuclei
are stained with DAPI (blue). Scale bar 50 μm.
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4. Discussion

In the present study, we describe some relevant features of
iron homeostasis in iPSC-derived cardiomyocytes from one
healthy control and one FRDA-affected patient. Cardiomyo-
cytes were shown to fully express cardiac differentiation
markers. Both FRDA iPSCs and CMs maintained the patho-
logical phenotype, characterized by low levels of frataxin
mRNA; however, frataxin expression in FRDA CMs was
not as reduced as in iPSCs relative to control CMs. A similar
result was reported by Hick et al. [40], who ascribed such dif-
ference to the reduced number of GAA repeats in the CM
beating areas with respect to iPSCs of the same subject. Spon-
taneously beating areas were observed at 9-12 days from the
start of the induction procedure, but FRDA beating areas
were desynchronized, in agreement with similar results
reported by Hick et al. [40].

Several studies pointed out the importance of iron
homeostasis in the cardiac tissue; however, to date, the local
regulation of iron in cardiomyocytes has not been fully char-
acterized. In particular, the HAMP-FPN axis seems to be cru-
cial for heart function [15, 22, 23]. Cardiac iron dysregulation
was described in several disorders including FRDA, which is
characterized by iron maldistribution within subcellular
compartments, leading to mitochondrial iron accumulation
and cytosolic iron depletion [5, 28, 41]. In the present study,
cardiomyocytes were derived from CTR and FRDA human
iPSCs in order to study some features of iron homeostasis,
focusing the attention to the HAMP-FPN axis. This cellular
model was already exploited by Lee et al. [42] to study the
gene and protein expression of a group of iron-handling pro-
teins in FRDA. To our knowledge, iron distribution within
the cell compartments has not yet been evaluated in the
iPSC-derived CM cellular model. The lack of such evaluation
is a limitation of the present study, but this issue will be
addressed in future research.

In the present study, a number of iron homeostasis-
related genes and proteins were found to be dysregulated in
FRDA CMs. Elevated HAMP expression has been already
described in FRDA autoptic heart tissues [24], but the
authors attributed HAMP overexpression to macrophagic
inflammatory infiltrate. On the contrary, our results suggest
that the increase in HAMP content is due to its overexpres-
sion in FRDA CMs.

In turn, HAMP downregulates the cellular amount of
FPN, causing its lysosomal degradation [10, 11]. At variance
with the expected decrease of FPN levels, HAMP upregulation
in FRDA CMs was not accompanied by a decrease in FPN,
rather a significant increase of FPN (protein) was observed.

In a different context, both FPN and HAMP were
found to be significantly decreased in brain tissue of Alz-
heimer’s disease patients, where oxidative stress is known
to occur [43].

Our data show that the upregulation of HAMP and FPN
in FRDA CMs is accompanied by the upregulation of TFRC.
Huang et al. [44] found a decrease of FPN and an increase of
TFRC in the heart of a conditional frataxin knockout (mutant)
mice. It is difficult to compare our in vitro data with this study,
which makes use of an animal model, where a complex inter-
play between local and systemic iron homeostasis takes place,
and where frataxin expression is almost completely abolished.
It is our opinion that our observations may reflect a dysregu-
lation of these iron-handling proteins in FRDA CMs. Since it
is known that oxidative stress affects FRDA neuronal and car-
diac cells [45], it is possible that FPN loses its responsiveness to
HAMP downregulation owing to the oxidation of key cysteine
residues located in the HAMP- and FPN-interacting sites
[46–48]. It can be envisioned that these cysteine residues
are not oxidized in a “normal” low iron context, where oxida-
tive stress is not present and HAMP downregulates FPN in
order to avoid a further iron depletion. However, in the cyto-
plasm of FRDA cardiomyocytes, an unusual concurrence of
low iron concentration AND oxidative stress is present, which
would favor the inability of HAMP to downregulate FPN and
to avoid iron leakage. Obviously, this is only one out of several
other hypotheses, and further investigations need to be carried
out for its validation or disproval.

The presence of FPN in the nuclei of CTR and FRDA
CMs was demonstrated in this study for the first time. This
finding suggests that FPN, traditionally considered as a trans-
membrane protein, could play a role in the maintenance of
nuclear iron homeostasis. Henle et al. [49] described spe-
cific iron-binding sites on DNA. Moreover, other proteins
involved in iron cellular trafficking, such as the divalent metal
transporter 1 (DMT1), lactoferrin, and ferritin [27], have
been found in the nuclear compartment. It is possible that
the nuclear localization of FPN underscores a protective role
from excess free iron in the nuclear compartment. Surpris-
ingly, we found a lesser amount of nuclear FPN in FRDA car-
diomyocytes with respect to controls, a result that seems to
support the finding of DNA oxidative stress markers
(8-OXO-dg) in FRDA patients [50]. On the other hand, the
fact that FPN is less abundant in the nuclei of FRDA CMs
than in controls is not necessarily in contradiction with the
increase in both mRNA and protein FPN in FRDA
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Figure 2: Evaluation of the FRDA-like phenotype in iPSCs and
CMs. qRT-PCR of FXN gene expression in both CTR and FRDA
iPSCs and CMs. Data were normalized with two housekeeping
genes, β-actin and GAPDH; the normalized FXN expression value
of CTR iPSCs was set to 1, and all other gene expression data
were reported to that sample. Data are from four independent
differentiation experiments and are expressed as mean ± SEM.
∗p < 0 05; ∗∗∗p < 0 001.
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cardiomyocytes, since Western blots were carried out in
whole cell lysates, which include cytoplasmic FPN. A limita-
tion of the present study is the lack of quantification of cyto-
plasmic FPN, either by confocal microscopy (which would
require the delimitation of cell boundary by a specific stain-
ing) or by subcellular fractioning. This will be addressed by
future studies.

The regulation of FPN distribution among the different
subcellular compartments is a relevant issue, not yet afforded
by researchers; in fact, the presence of 9-12 transmembrane
domains supports its localization in the plasma membrane
and its role of iron exporter and makes less likely a cytoplas-
mic and a nuclear localization. Thus, the nuclear localization
of FPN we document here needs to be discussed not only in
terms of novel FPN function(s), but also within the context
of membrane and organelle trafficking and of final destina-
tion of proteins characterized by hydrophobic domains call-
ing for a plasma membrane localization.

Finally, the presence of the enlarged nuclei, which was
described here to occur in FRDA cardiomyocytes, has been
reported in other cardiac pathologies, such as in hypertro-
phic and in dilated cardiomyopathy [51]. These morpholog-
ical data need to be further investigated.

5. Conclusions

Cardiomyocytes derived from iPSCs retained the FRDA-like
phenotype. Important alterations in the expression of HAMP
and FPN, two proteins that play pivotal roles in cardiac iron
homeostasis, are described here. Moreover, a novel nuclear
localization of FPN in cardiomyocytes is reported, which
suggests a potential new physiological function of this pro-
tein. These findings may have important implications in the
understanding of cardiac iron homeostasis in both physio-
logical and pathological conditions, such as FRDA. In partic-
ular, FRDA cardiomyocytes appear to be unable to exploit
HAMP-operated regulation of FPN, which might be one of
the reasons why iron distribution within the cell is impaired,
thus leading to increase in the free iron pool. This, together
with the defective assembly of mitochondrial proteins, would
lead to chronic oxidative stress in FRDA cardiac cells. As
pointed out by many authors [52–54], oxidative stress does
not only lead to cell damage and apoptosis but also plays a
role in adverse remodeling and contractile dysfunctions, as
seen in FRDA patients.
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Due to atrophy, muscle weakness is a common occurrence in rheumatoid arthritis (RA). The majority of human studies are
conducted on the vastus lateralis muscle—a muscle with mixed fiber type—but little comparative data between multiple muscles
in either rodent or human models are available. The current study therefore assessed both muscle ultrastructure and selected
redox indicators across various muscles in a model of collagen-induced rheumatoid arthritis in female Sprague-Dawley rats.
Only three muscles, the gastrocnemius, extensor digitorum longus (EDL), and soleus, had lower muscle mass (38%, 27%, and 25%
loss of muscle mass, respectively; all at least P < 0 01), while the vastus lateralis muscle mass was increased by 35% (P < 0 01) in
RA animals when compared to non-RA controls. However, all four muscles exhibited signs of deterioration indicative of
rheumatoid cachexia. Cross-sectional area was similarly reduced in gastrocnemius, EDL, and soleus (60%, 58%, and 64%,
respectively; all P < 0 001), but vastus lateralis (22% smaller, P < 0 05) was less affected, while collagen deposition was
significantly increased in muscles. This pathology was associated with significant increases in tissue levels of reactive oxygen
species (ROS) in all muscles except the vastus lateralis, while only the gastrocnemius had significantly increased levels of lipid
peroxidation (TBARS) and antioxidant activity (FRAP). Current data illustrates the differential responses of different skeletal
muscles of the hindlimb to a chronic inflammatory challenge both in terms of redox changes and resistance to cachexia.

1. Introduction

There can be no doubt that individuals suffering from rheu-
matoid arthritis (RA) have significantly decreased quality of
life. In addition to the chronic pain and other primary symp-
toms arising from the inflammatory processes in joints, the
majority of patients also report skeletal muscle weakness
[1]. However, there is a disconnection between the degree
of rheumatoid cachexia (defined as arthritis-associated loss
of muscle mass with little or no loss of fat mass [2]) and the
relatively more severe degree of muscle weakness experi-
enced. Initially, the more severe loss of strength was ascribed
to joint deformation and pain [3], but more recently,
contractile dysfunction, mediated by tumor necrosis factor
(TNF), was implicated, with TNF reported to decrease ?spe-
cific force by increasing cytosolic oxidant activity in the
muscle [4].

The pathology of skeletal muscle in patients with RA is
clearly complex and much research has already been

conducted in this context, so that at least a partial picture
of role players is available. For example, while neuromuscular
fatigue (assessed by electromyography) was reported to
weakly correlate with subjective perception of fatigue and
physical activity level, it did not correlate to either clinical
profile or treatment features [5]. This suggests that while
advancement of emotional well-being should form part of
treatment strategy, neuromuscular pathology is probably
not a major role player in RA. In contrast, increased muscle
inflammatory cytokine levels, altered expression of genes
involved in muscle repair and glycolytic metabolism, as well
as increased levels of fibrosis-associated amino acids, corre-
lated with disease progression, physical inactivity, and pain
in a large cohort of RA patients [6]. These data, generated
from the vastus lateralis muscle, and specifically the finding
related to altered glycolytic metabolism, raised the question
of whether different muscles or muscles with different fiber
type distributions may be differentially sensitive to RA-
associated pathology.
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Given both the significant implication of inflammation in
RA and the interlinked nature of inflammation and oxidative
stress, attention should also be extended to redox status, in
order to form a more holistic picture of pathological
maladaptations that could potentially be targeted by inter-
vention. In an elegant study on the slow-twitch soleusmuscle
from rats subjected to collagen-induced arthritis (CIA),
peroxynitrite-induced oxidative damage to myofibrillar pro-
teins was implicated in measured deficits of muscle force
production, such as shorter maximal contraction velocity
and slower twitch contraction and relaxation [7]. The same
group subsequently illustrated similar deficits in force pro-
duction—also ascribed to reactive nitrogen species—in the
fast-twitch extensor digitorum longus (EDL) muscle [8].
These studies sketch a fairly fiber-type independent picture
of muscle pathology in this model. However, these observa-
tions were made at a relatively advanced time point (≈day
45, with last booster shot on day 28) and do not allow for
direct interpretations on specific mechanisms at play dur-
ing the earlier, disease development phase. Furthermore,
the degree to which different muscle types are compro-
mised in CIA has not been comprehensively and compar-
atively assessed.

The aim of the current study was therefore to assess mus-
cle morphology and selected aspects of muscle pathology and
redox changes in four different hindlimb muscles in rats with
collagen-induced arthritis. A somewhat milder model (day
35, with last booster shot on day 8) was employed in order
to elucidate the extent to which free radical involvement
and endogenous antioxidant mechanisms may contribute to
early pathology in different muscles.

2. Materials and Methods

2.1. Ethics Statement and Animal Handling. The Stellenbosch
University Animal Research Ethics Committee ethically
cleared this study (Protocol number: SU-ACUD17-00034).
Twenty (20) female Sprague-Dawley rats weighing 180–
200 g were procured from the Stellenbosch University small
laboratory animal breeding facility. They were housed in
groups of 5 rats per cage in a temperature- and humidity-
controlled room (23 ± 1°C, 40–60% humidity) with a set
12 h light-dark cycle and fed standard commercially available
rat chow and tap water ad libitum. After acclimatization to
the new environment for about 7 days, rats were randomly
divided into two groups of 10 rats each—normal control
(NC) and collagen-induced rheumatoid arthritis (RA). All
experimental animals received humane care according to
the principles outlined in the National Research Foundation
Guide for the Care and Use of Laboratory Animals.

2.2. Collagen-Induced Rheumatoid Arthritis Model

2.2.1. Chemicals. Bovine collagen type II, incomplete
Freund’s adjuvant, and rat anti-collagen IgG ELISA kit were
purchased from Chondrex Inc., WA, USA. Isoflurane (Iso-
for) was purchased from Safeline Pharmaceuticals, Johannes-
burg, South Africa. All other chemicals and reagents used in
this study were of analytical grade and purchased from

Sigma-Aldrich (MO, USA) or Merck (Darmstadt, Germany)
unless otherwise stated.

2.2.2. Experimental Design. The well-established rat collagen-
induced arthritis (CIA) method [9, 10] was used to induce
arthritis in the RA group. Briefly, bovine heterologous type
II collagen was first dissolved in 0.01N glacial acetic acid
(2mg/ml) before an emulsion was prepared using an equal
volume of incomplete Freund’s adjuvant. This emulsion
was slowly injected intradermally twice just above the tail
region of each rat under isoflurane anesthesia, 7 days apart.
The time of onset of swelling in rat paws was recorded. The
progression of clinical symptoms was monitored daily and
scored as follows: 0 =no swelling; 1 =erythema and digits
swollen; 2 =erythema, digits, and pad swollen; and 3 =ery-
thema, also digits, pad,joints and entire leg swollen. The total
score for each rat was given as the addition of all affected
paws, so the highest attainable score was 10 for each rat, as
previously described [11].

After the 5-week experimental period, all rats were killed
by guillotine decapitation and the trunk blood was immedi-
ately collected into tubes via a heparinized funnel. The
plasma was subsequently separated after centrifugation at
2,000g for 10 minutes using a Spectrafuge 24D centrifuge
(Labnet International Inc., NJ, USA). The EDL, gastrocne-
mius, and soleus and vastus lateralis muscles from the hind-
quarters of each rat were removed carefully, weighed, snap-
frozen in liquid nitrogen, and then stored at -80°C until sub-
sequent analysis.

2.2.3. Validation of Model via Plasma Anti-Collagen IgG
Titer. The successful induction of arthritis in rats was con-
firmed by the production of antibodies to type II collagen
using the rat anti-collagen IgG ELISA kit (Chondrex Inc.,
WA, USA) and following the manufacturer’s protocol.

2.3. Muscle Histology. Frozen tissues (EDL, gastrocnemius,
and vastus lateralis) were sectioned in 10μm cross sections
with a cryostat (Leica CM1860 UV, Leica Biosystems
Nussloch GmbH, Germany) at -25°C and stored at -20°C.
To ensure consistency between samples, a predetermined
section was cut off the proximal end of each sample (differed
between muscle types) before sectioning occurred. This is
particularly important in the vastus lateralis as different fiber
type proportions exist in the different areas (superficial vs.
deep and proximal vs. distal) [12]. Sections were allowed to
thaw at room temperature for 20 minutes before staining.

2.3.1. Hematoxylin and Eosin Staining. H&E staining was
used to view the overall muscle structure. Hematoxylin binds
to and stains all DNA/RNA structures blue. Eosin counter-
stains all proteins of the tissue pink. Slides were submerged
in the following order for one minute each, excluding eosin
which was stained for 30 seconds: dH2O, two changes of
Mayer’s hematoxylin, warm tap water, Scott’s tap water,
dH2O, eosin, H2O, 95% ethanol, 100% ethanol, and finally
clearance in xylene. Once stained, the slides were mounted
with mounting media (DPX, 06522, Sigma-Aldrich, USA)
and covered with a cover slip for viewing.
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2.3.2. Picrosirius Red Staining. Sirius red is a polyazo dye
which is specifically used for staining collagen. The stain dyes
collagen bright red, leaving muscle fibers, cytoplasm, and red
blood cells a lighter yellow/red color. Picrosirius red differs
from sirius red staining with the addition of picric acid which
prevents the indiscriminate staining of noncollagenous struc-
tures by sirius red.

Sections were fixed in neutral buffered formalin for 30
minutes. Slides were rinsed in dH2O and stained with Wei-
gert’s hematoxylin for 8 minutes. Sections were washed in 3
changes of water followed by staining with picrosirius solu-
tion for one hour. Picrosirius solution was made up of 0.5 g
sirius red F3B (CI35780, Sigma-Aldrich, USA) in 500ml sat-
urated aqueous picric acid (197378, Sigma-Aldrich, USA).
Sections were washed in 0.5% acetic acid (A6283, Sigma-
Aldrich, USA) in dH2O twice for 5 minutes each. Sections
were then dehydrated in changes of ethanol (70%, 95%, and
100%) and then cleared in xylene (296325, Sigma-Aldrich,
USA), and cover slips were mounted with mounting media
(DPX, 06522, Sigma-Aldrich, USA).

2.3.3. Image Acquisition. All histological slides were viewed
using bright-fieldmicroscopy (Nikon Eclipse E400),mounted
with a camera (Nikon DS-Fi2), and processed through a dig-
ital sight processor (DS-U3, Nikon, Japan). Image processing
was done on Nikon Instruments Software (NIS-Elements
v4.10) on a desktop computer (Dell, USA) running Windows
7 (Microsoft, USA). Images were taken at 100x and 200xmag-
nifications (magnification was calculated from ocular lens
(10x) multiplied by objective lens (10x/20x)).

2.3.4. Image Analysis. The cross-sectional area of the fibers
was measured using H&E sections and ImageJ software (ver-
sion 1.49, Wayne Rasband). 50 fibers per sample were mea-
sured. In order to assess fibrosis, picrosirius red images
were analyzed using ImageJ software (version 1.49, Wayne
Rasband) with the color deconvolution plug-in as developed
by Landini (version 1.5). The picrosirius stains were proc-
essed using the ImageJ RGB option. Briefly, the plug-in
unmixes the RGB image into three 8-bit images with a color
lookup table that corresponds to the respective vector colors.
The analysis measurements were set to measure “area,” “area
fraction,” “limit to threshold,” and “display label.” The
threshold of each of the three images was adjusted allowing
the measurement of (1) the background, (2) the connective
tissue, and (3) total tissue. Percentage of fibrosis in the tissue
(×100 magnification) was calculated as follows: (1) back-
ground was subtracted from both the connective tissue and
total tissue and (2) the following formula was used:
percentage of fibrosis = connective tissue/ connective tissue
+ total tissue ∗ 100.

2.4. Sample Analysis for Redox Status

2.4.1. Oxidative Stress. Frozen vastus lateralis, soleus, EDL,
and gastrocnemius tissues were thawed on ice and homoge-
nized 100mg/ml in 10mM phosphate-buffered saline (PBS,
pH7.2) and centrifuged at 10,000g for 15min at 4°C to
obtain the supernatants used for the analyses. The presence
of reactive oxygen species (ROS) in tissue homogenates

was evaluated by the ROS-dependent oxidation of the non-
fluorescent 2′,7′-dichlorofluorescein- (DCF-) DiOxyQ probe
to the highly fluorescent DCF using the OxiSelect™ ROS
assay kit (Cell Biolabs Inc., CA, USA) and following the
manufacturer procedure. The ferric ion reducing antioxidant
power (FRAP) value in all muscle homogenates was deter-
mined by measuring the reduction of ferric tripyridyltriazine
(Fe3+-TPTZ) complex to the ferrous (Fe2+) form by antioxi-
dants as detailed earlier by Benzie and Strain [13]. This is
monitored by the change in absorption at 593 nm in a SPEC-
TROstar Nano® absorbance plate reader (BMG Labtech,
Ortenberg, Germany). Lipid peroxidation in muscle homog-
enates was evaluated by the formation of the stable pro-
duct—malondialdehyde (MDA)—in a reaction medium
containing thiobarbituric acid (TBA). We used the method
described by Varshney and Kale [14] but with slight modifi-
cations: briefly, the MDA formed in tissues highly reacts
with TBA under acidic conditions to form a complex that
is better purified by the addition of butanol and saturated
sodium chloride and absorbs maximally at 532nm using a
SPECTROstar Nano® absorbance plate reader (BMG
Labtech, Ortenberg, Germany).

2.5. Statistical Analysis. Effects were compared for statistical
significance using Student’s t-tests or one- or two-way anal-
ysis of variance (ANOVA) as appropriate, with Bonferroni
post hoc tests where applicable. Data are presented as means
and standard deviations, unless otherwise indicated. Statisti-
cal significance was set at P < 0 05.

3. Results

Successful induction of relatively mild rheumatoid arthritis
was confirmed by clinical observations (Figure 1). Onset of
joint swelling was typically within 11-18 days after the ini-
tial exposure to collagen. In addition, significantly elevated
levels of anti-collagen antibody titer were measured in RA
animals (0 02 ± 0 007 g/ml plasma; P < 0 0001) when
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Figure 1: Weekly scores indicative of clinical symptoms of arthritis
development in a collagen-induced rheumatoid arthritis model in
female Sprague-Dawley rats (n = 10 per group). Statistical analysis:
one-way ANOVA with repeated measures and Bonferroni post
hoc test. ∗∗∗, p < 0 0001 significantly different from controls.

3Oxidative Medicine and Cellular Longevity



compared to non-RA controls, in which antibody levels
were not detectable.

RA animals exhibited significant decreases in skeletal
muscle mass in the EDL, gastrocnemius, and soleus muscles,
but that of vastus lateralis significantly increased (Figure 2).

RA animals exhibited clear signs of myofiber atrophy
(Figures 3 and 4), inflammation (Figure 5), and fibrosis
(Figure 6) when compared to control animals. In line with
the significantly decreased muscle mass, the gastrocnemius,
soleus, and EDL muscles exhibited generalized cachexia
which was characterized by a ≈60% reduction in myofiber
cross-sectional area across all cells (Figures 3(a)–3(f), 3(j)–
3(l)). In these muscles, a significant number of fibers under-
going degradation were visible, as well as edema and inflam-
matory cell infiltrate. In contrast, as suggested by the lack of
muscle mass loss, vastus lateralis myofibers seemed least
affected by RA, with cross-sectional area of fibers decreasing
by only ≈20% (Figures 3(g)–3(i)). In this muscle group, the
pattern of cachexia was also more varied: while some fibers
of smaller cross-sectional area are visible, normal-sized fibers
are still abundant. No evidence of myofiber degradation was
visible in vastus lateralis sections analyzed.

An analysis of fiber size distribution (Figure 4) confirms
these observational data. The gastrocnemius, soleus, and
EDL muscles exhibited a shift to the left for fiber size, with
very high frequency of small fiber size. The vastus lateralis
muscle did not show a clear shift to the left, although fre-
quency of smaller fibers did appear somewhat higher.
Although inflammation was not a specific focus of this paper
and specific inflammatory markers were not assessed, the RA
animals clearly exhibited moderately severe levels of inflam-
mation in the soleus, gastrocnemius, and EDLmuscles, where
inflammation was visible in the perivascular areas as well as
in between individual myofibers (Figures 5(a) and 5(b)). In
addition, intrafiber necrosis was visible in several cells
(Figure 5(c)). These features were not clearly visible in the
vastus muscle.

In terms of fibrosis (collagen accumulation), the vastus
lateralis and EDL muscles exhibited a significant 50%
increase when compared to their respective controls. A sim-
ilar result was obtained in the soleus but did not reach statis-
tical significance. In contrast, the gastrocnemius muscle was
most severely compromised, exhibiting a striking 200%
increase in collagen accumulation (Figure 6).

In terms of redox status, total reactive oxygen species
(ROS) levels seemed to correspond to muscle pathology in

RA, as ROS was significantly increased in the gastrocnemius,
EDL, and soleus, but not vastus, muscles of RA animals when
compared to controls (Figure 7(a)). TBARS was assessed as a
measure of oxidative stress-associated membrane damage
through lipid peroxidation (Figure 7(b)). When considering
controls only, the lowest ROS production seen in the gastroc-
nemius muscle corresponded to lowest levels of TBARS in
this muscle, with highest TBARS levels measured in the
EDL and soleus muscles. This relatively poorer picture in
terms of oxidative damage in the control EDL and soleus
muscles was not matched by a relative increase in antioxidant
capacity (FRAP) (Figure 7(c)), suggesting that under normal
conditions, these muscles are relatively more compromised
than the gastrocnemiusmuscle in this context. In RA animals,
lipid peroxidation (TBARS) levels were only significantly ele-
vated from control levels in the gastrocnemius muscle
(Figure 7(b)). Similarly, antioxidant capacity (FRAP) was
similar and unchanged by RA in most muscles, with the
exception of the gastrocnemiusmuscle, in which it was signif-
icantly increased in response to RA (Figure 7(c)).

4. Discussion

The current study expands on available literature by present-
ing a comparative assessment of different hindlimb skeletal
muscles affected by CIA in a rat model. A specific novel com-
ponent is the comparison of four different muscles with
different fiber type distributions, including the vastus latera-
lis, in which human studies are typically conducted. Impor-
tantly, a recent study conducted in humans reported that
intramuscular (vastus lateralis) levels of inflammatory
parameters, such as the inflammatory cytokines, did not cor-
respond to the profile in circulation [6], which highlights the
importance of tissue-specific investigation and the relevance
of the study reported here.

Data presented here clearly illustrates the debilitating
nature of CIA and validates this model as an accurate simu-
lation of muscle pathology in rheumatoid arthritis. Current
data for the first time provides a comparative histological
assessment of four muscles, three of which (the gastrocne-
mius, soleus, and EDL muscles) are directly associated with
the primarily affected joint (ankle), while the other (vastus
lateralis) is more proximal. The fact that all four muscle
groups exhibited signs of cachexia, albeit it much less severe
in the vastus lateralis, suggests that inactivity-based atrophy
is not the only contributor to the pathology observed and that
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Figure 2: Muscle mass of different rat hindlimb skeletal muscles on day 35 of CIA (n = 10 per group). Bars indicate mean mass of muscle (left
and right muscle weights were averaged for each animal) and error bars are standard deviations. Statistical analysis: Student’s t-test.
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circulating mediators likely impact significantly on all muscle
groups, irrespective of their anatomical position. This gener-
alized muscle deterioration is in line with the human clinical
profile of RA [15] and further validates our model.

The smaller fiber size observed in all muscle groups
assessed in the current study could theoretically be the result
of a shift in fiber type favoring type I oxidative fiber pheno-
type, which is generally smaller than glycolytic myofibers.
This is however unlikely, since skeletal muscle wasting in
COPD and other chronic diseases characterized by chronic
inflammation has been reported to be associated with a shift
in phenotype towards type II glycolytic fibers [16, 17]—
which are incidentally also most susceptible to cachexia in

general [18, 19] and specifically also to arthritis-associated
cachexia [20]. This led to the hypothesis that a loss of muscle
oxidative phenotype may result in increased susceptibility to
inflammation [16] and oxidative stress-induced cachexia.

The inclusion of more muscle groups in the current study
provided the opportunity to gain novel insights and indeed
suggested that fiber type and metabolic preference alone are
not major determinants of the sensitivity of myofibers to
rheumatoid cachexia. In the current study, the extent of mus-
cle fiber atrophy was similar for the soleus, gastrocnemius,
and EDL muscles—muscles which share an anatomical site
in the lower hindlimb but differ in terms of fiber type distri-
bution and metabolic preference. The lack of more extended
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Figure 3: Representative H&E images and cross-sectional area of the gastrocnemius (a–c), EDL (d–f), and vastus lateralis (g–i) muscles
depicting ultrastructural changes in female rats subjected to CIA (n = 10 per group) (normal control left; CIA right). 200x magnification.
Scale bar represents 100μm. Statistical analysis: Student’s t-test.
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Figure 4: Continued.
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time points in the cross-sectional design of the current study
however did not allow for assessment of change within the
same muscle over time, to determine if muscles with different
fiber types or metabolic preferences may respond differently
over time or with disease progression. Thus, causal mecha-
nisms potentially at play should be investigated in a study
with longitudinal design including early, medium, and
long-term disease progression time frames. The extent of
inflammation and its effect on muscle deterioration should
also be considered in such a study of longitudinal design.

In the current study, diffusely spread inflammation was
clearly visible in muscle assessed, but a comprehensive
assessment of inflammation was beyond the current scope.
Nevertheless, skeletal muscle fibrosis has previously been
linked to inflammatory processes and was quantitatively
assessed. Fibrosis resulting from inflammation and associ-
ated oxidative damage in various models specifically links
ROS production to modulation of transforming growth fac-
tor beta (TGF-β) signaling in the context of mitochondrial
dysfunction [21–24]. This prompted an investigation into
potential differences in redox status between the different
muscles. Indeed, in the current study, even in the absence
of CIA, the vastus lateralis, EDL, and soleusmuscles exhibited
higher levels of TBARS than the gastrocnemiusmuscle, which
also exhibited lower ROS levels than all other muscles
assessed. This is in line with previous reports of differential
inherent superoxide dismutase activity, glutathione peroxi-
dase activity, and malondialdehyde levels in different muscles
(diaphragm, soleus, and gastrocnemius) [25]. When subjected
to CIA, even though ROS increased in the gastrocnemius,
EDL, and soleus, FRAP remained unchanged in the EDL
and soleus, while in contrast, in the gastrocnemius muscle,
FRAP increased significantly in response to the increased
ROS of RA. Together, these data suggest that the EDL and
soleus muscles may have relatively less inherent antioxidant
capacity to react to oxidative stressors when compared to
the gastrocnemius muscle, which was able to mount a
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Figure 4: Distribution of fiber cross-sectional area across different muscle groups (n = 10 per group). Frequency data is expressed as number
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magnification. Scale bar represents 100μm.

7Oxidative Medicine and Cellular Longevity



significant antioxidant response. Despite this, the gastrocne-
miusmuscle exhibited a worse profile in terms of malondial-
dehyde (MDA) production. We propose that the EDL and
soleus muscles may possess antioxidant mechanisms other
than those assessed by the FRAP assay, which could have
upregulated activity in response to CIA and by which mem-
brane integrity may be maintained. These mechanisms
would be independent of ferric iron reduction specifically,
which is assessed by the FRAP assay reported here. This
interpretation is in line with the report in a model of
high-fat diet-induced oxidative stress in rats, which reported
that increased ROS production (reduced mitochondrial
H2O2 emission, increased palmitate oxidation, and increased
mRNA expression of NADPH complex) in muscle was paral-
leled by an increased ROS buffering capacity (increased

mRNA expression of the antioxidant proteins, manganese
superoxide dismutase (MnSOD), glutathione reductase, and
mitochondrial thioredoxin-dependent peroxide reductase 3
and 5) [26]. Another mechanism by which this may poten-
tially be achieved in the current context is that the EDL and
soleus muscles may contain relatively higher concentrations
of vitamin E, which is known to contribute to cell membrane
repair after oxidative damage. In line with this, although the
majority of data was generated in preclinical models and no
comparison between muscles with different fiber types could
be found, several beneficial effects of vitamin E were recently
reported in the context of age-related sarcopenia. These
included myoblast proliferation and differentiation, survival,
membrane repair, mitochondrial efficiency, and mainte-
nance of muscle mass and contractile capacity [27]. Of
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particular relevance to the current discussion, vitamin E sup-
plementation was shown to prevent upregulation of muscle
ring finger 1 (MuRF1) and caspase-9 and caspase-12 mRNA
in unloaded rat muscle and to decrease upregulation of mus-
cle calpain, caspase-3, and atrogin-1 (MAFbx) mRNA [28].
This would suggest that in addition to its antioxidant effect,
vitamin E may also modulate atrophy via more direct inhib-
itory action on proteolytic pathways. The review by Chung
and colleagues [27] highlighted the lack of clinically relevant
information currently available on vitamin E content or pro-
tective properties in skeletal muscle, which up to now has
been limited by methodological constraints. This warrants
further investigations in order to elucidate how endogenous
protective mechanisms may be exploited by exogenous
means for therapeutic benefit.

Redox status is a major determinant of muscle patholo-
gy—and specifically chronic disease-related cachexia. The
current study focused on oxidative stress resulting from reac-
tive oxygen species. However, both oxidative and nitrosative
stresses may also come into play here, as both have been
implicated in cancer cachexia [29]. In addition, in rodents
injected with lipopolysaccharide (LPS) to induce oxidative
stress, inducible nitric oxide synthase (iNOS) was implicated
as a role player in relatively greater resistance to atrophy and
ubiquitin-associated protein degradation in oxidative, but
not glycolytic fibers [17]. This suggests that future studies

should also determine the interaction between these species
but also that antioxidant treatments should be investigated
as preventative modality or adjuvant treatment in RA.
Indeed, astaxanthin—a powerful antioxidant—was reported
to attenuate immobilization-induced increased collagen
deposition via modulation of oxidative stress, most notably
via altered SOD-1 and TGF-β signaling in rats [24].
Similarly, the antioxidant flavone mixture isoflavin-β was
reported to attenuate toxin-induced loss of gastrocnemius
muscle mass by preventing the oxidative modification of
proteins [30].

Another observation that has remained unnoticed up to
now is the fact that in the rodent model of CIA, the response
in the vastus lateralis muscle was different from other mus-
cles assessed here and also different from results previously
reported for the EDL and soleus in rodent models of arthritis
[7, 8]. Current data suggest that although the vastus lateralis
myofibers exhibited some signs of deterioration, total muscle
mass actually increased significantly. The fiber size variation
in this muscle did not display the characteristic left shift asso-
ciated with cachectic atrophy, although the mean cross-
sectional area was somewhat reduced. This suggests that the
vastus may have been recruited as usual for gait despite the
presence of RA-related symptoms. In contrast, the severe
pathology evident in the gastrocnemius and EDL muscle
groups may have resulted not only from systemic effects
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respectively (n = 10 per group). Bars indicate means and error bars are standard deviations. Statistical analysis: 2-way ANOVA with
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but also due to lesser recruitment for gait and posture. This
result stresses the importance of data interpretation in con-
junction with clinical observations.

In terms of limitations, although not directly assessed, in
our opinion, muscle mass is unlikely to have been influenced
by energy intake, as animals did not exhibit clear loss of appe-
tite. In terms of disuse as a confounding factor, although RA
animals walked with a limp due to affected joints, they still
moved around readily in their cages. Furthermore, a compar-
ative study between immobilization and CIA-associated
muscle atrophy has reported both proteolytic and regenera-
tive pathways to be upregulated in RA (but not in experimen-
tally immobilized) animals [31]. Thus, disuse is unlikely to
have been a major confounding factor in the current study.
Finally, edema was not quantified in the current study, but
may aid in the interpretation of, e.g., the increased vastus
lateralis muscle mass despite the presence of other signs of
atrophy. Inclusion of this measure in studies investigating
inflammatory mechanisms in the context of RA-associated
muscle deterioration could further elucidate differences in
the responses of different muscles to the challenges of RA.

5. Conclusion

Data presented here highlight the relevance of muscle-
specific (and not just fiber-type-specific) assessment of redox
profile to determine its role in muscles’ atrophy response to
experimentally induced rheumatoid arthritis. Furthermore,
current data indicating differential responses by different
muscles suggest that in human studies, it would be pru-
dent to investigate muscle response to RA in more than
one muscle. This would provide more insight into whether
loadbearing and non-loadbearing muscles, or muscles at
different anatomical proximities from clinically affected
joints, are also differentially affected in humans in terms
of disease-related cachexia. Similarly, given the inherently
different redox profiles and seemingly different predomi-
nating endogenous antioxidant mechanisms at play in
the different muscles as demonstrated in rats here, inter-
ventions aimed at improving redox status should take
into consideration conditions in (and responses of) more
muscles than just the human vastus lateralis, as different
muscles may have different therapeutic requirements in
this context.
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Vagus nerve stimulation (VNS) has been shown to attenuate ischemia-reperfusion (I/R) injury in multiple organs. The present
study aimed at investigating whether VNS could exert protective effects against I/R injury in the skeletal muscle. Male
Sprague-Dawley rats were randomly divided into 3 groups: the control, I/R, and I/R+VNS groups. The skeletal muscle I/R
(SMI/R) model was induced by occlusion of the left femoral artery for 2.5 hours followed by reperfusion for 2 hours. The vagal
nerve trunk was separated, and VNS was performed during the whole I/R process. The intensity of VNS was optimized in each
rat to obtain a 10% reduction in the heart rate relative to the value before stimulation. After the experiment, the blood sample
and left gastrocnemius muscle tissues were collected for histological examination, biochemical analysis, and molecular biological
detection. During the I/R process, VNS significantly reduced cellular apoptosis, necrosis, and inflammatory cell infiltration
compared to sham VNS. The VNS treatment also decreased the inflammatory response, alleviated oxidative stress, and
improved vascular endothelial function (p < 0 05 for each). In contrast, the I/R group showed an opposite effect compared to the
control group. The present study indicated that VNS could protect against SMI/R injury by suppressing excessive inflammation,
alleviating oxidative stress, and preserving vascular endothelial function.

1. Introduction

Skeletal muscle ischemia-reperfusion (SMI/R) injury is a com-
mon disease in clinical practice. It often influences the function
of the skeletal muscle and can even be life-threatening [1].
However, there are few effective treatments for SMI/R [2].
Thus, novel effective therapies are needed to prevent SMI/R
injury. Numerous studies have demonstrated that the patho-
genesis of SMI/R injury is associated with inflammation
responses and oxidative stress [3]. Vagus nerve stimulation
(VNS) has been shown to exert anti-inflammatory and antiox-
idative effects [4–6]. Most recently, VNS has been demon-
strated to improve I/R injury in multiple organs, including the
heart, brain, and kidney [7–9]. VNS applied during the I/R

process could reduce the infarct area and improve the progno-
sis. More importantly, our clinical study has shown that trans-
cutaneous VNS can markedly attenuate myocardial I/R injury
in acute myocardial infarction patients undergoing primary
percutaneous coronary intervention [10]. However, the protec-
tive effects of VNS against SMI/R injury remain unknown. In
the present study, using an acute SMI/R model in rats, we
aimed to demonstrate the protective effects of VNS against
SMI/R injury and further explore the potential mechanisms.

2. Materials and Methods

2.1. Animals and Experimental Groups. Healthy male
Sprague-Dawley rats (250-300 g) were included in this study,
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and all animals were supplied by the Experimental Animal
Center of Renmin Hospital of Wuhan University. The study
conformed to the Guidelines for the Care and Use of Labo-
ratory Animals published by the US National Institutes of
Health (NIH Publication, revised 1996). All animal studies
were reviewed and approved by the Renmin Hospital of
Wuhan University Animal Care and Use Committee (ethics
clearance number was WDRM. 20180308).

Rats were randomized into 3 groups and received the
following treatments: sham operation (control group, n = 6),
SMI/R with sham VNS (I/R group, n = 6), and SMI/R with
VNS (I/R+VNS group, n = 6). Detailed study protocol is
summarized in Figure 1(a).

2.2. Acute SMI/R Model. Rats were anesthetized with 2%
pentobarbital sodium (40mg/kg body weight) by intraperi-
toneal injection. Surface electrocardiography was performed
with a PowerLab data acquisition system (8/35, ADInstru-
ments, Bella Vista, Australia). The left femoral artery was
exposed by blunt dissection and a pair of atraumatic micro-
vascular clamps were placed (in the control group, only
femoral artery exposure was performed). The presence of
pulsation under the clamp was checked. After 2.5 h of
ischemia, the microvascular clamps were removed and the
left hind limb received 2h of reperfusion as previously
described [11].

2.3. VNS. The left cervical vagal trunk was isolated as a stim-
ulating target (see Figure 1(b)). Continuous stimulation
(20Hz, 0.1ms in duration, square waves) was delivered by
a stimulator (S20, Jinjiang, Chengdu City, China) through
a pair of Teflon-coated silver hooks (0.1mm in diameter)
on the cervical vagal trunk. The stimulation level was
defined as the voltage level sufficient to slow the sinus rate
or atrioventricular (AV) conduction at 10%, as previously
described [12]. The VNS threshold was determined once
again prior to each hour of stimulation.

2.4. Blood and Tissue Sample Collection. After the entire
experimental progress, blood samples were collected from
the inferior vena cava. Serum was collected by centrifugation
at 3,000 rpm, for 15min. Tissue specimens were collected
from the first half of the left gastrocnemius muscle venter.
Each tissue specimen was separated into three parts. The
major part (about 5 × 5 × 10mm3) was used for histological
analysis. The two minor parts (about 2 × 2 × 2mm3) were
used for biochemical and molecular biological analysis. All
blood and tissue samples for biochemical and molecular
biological analysis were stored at -80°C until use.

2.5. Histological Examination. The skeletal muscle tissue
samples were submerged in 10% paraformaldehyde solution
for 48 h, dehydrated sequentially in an ascending gradient of
ethanol, and rinsed in xylene. Then, the tissues were embed-
ded in paraffin. Sections of 5μm thick were stained with
hematoxylin and eosin (H&E) and then examined under a
light microscope.

The muscle injury area was estimated in each gastrocne-
mius muscle section under a microscope according to Yin
et al. [13].

Terminal deoxynucleotidyl transferase dUTP nick end
labeling (TUNEL) staining was performed with a commer-
cially available kit (Roche Biochemicals, Mannheim,
Germany) according to the manufacturer’s protocol. Tissue
sections were deparaffinized and then hydrated with ethanol.
After hydration, the sections were treated with protease K,
rinsed with phosphate-buffered saline (PBS), and then incu-
bated with TUNEL reaction reagents. After washing with
PBS, the sections were treated with 4′,6-diamidino-2-phe-
nylindole (DAPI) and incubated in a dark environment at
room temperature. Stained sections were analyzed using a
fluorescence microscope (Nikon DS-U3, Japan). Cells with
nuclei containing irregular green particles were defined as
TUNEL-positive cells. Cell death was viewed and detected
in three random fields of each muscle section and averaged.
The TUNEL-positive cell ratio was recorded.

2.6. Analysis of Serum Creatine Kinase (CK) and Lactate
Dehydrogenase (LDH) in Serum Levels. Serum CK and LDH
levels, which reflect skeletal muscle injury severity, were
assessed using commercial kits (Changchun Huili Biotech
Co. Ltd. China) according to the manufacturer’s protocol.

2.7. Measurement ofMalondialdehyde (MDA),Myeloperoxidase
(MPO), and Superoxide Dismutase (SOD) Content Levels in
Serum and Tissues. Tissue and serum samples from the control,
I/R, and I/R+VNS groups were homogenized. The tissue MPO
activity level, the tissue and serum MDA concentration, and
SOD activity levels were assayed using commercially available
kits (Nanjing Jiancheng Bioengineering Institute, Nanjing City,
China) according to the manufacturer’s protocol. The samples
after reaction were detected by a spectrophotometer. The max-
imum absorbance values determined for MDA, MPO, and
SOD were 532nm, 460nm, and 550nm, respectively.

2.8. Western Blot Analysis. Frozen skeletal muscle tissues
were lysed with a RIPA lysis buffer (Aspen Biotechnology,
Wuhan, China), supplemented with phenylmethanesulfonyl
fluoride (Aspen). After homogenization, the supernatant
was collected for protein concentration determination using
a BCA protein assay kit (Aspen). Equal amounts of protein
solution from the homogenates were subjected to SDS-
PAGE and then transferred onto a nitrocellulose membrane.
After the membrane was blocked with 5% fat-free milk, it was
incubated with rabbit anti-endothelial nitric oxide synthase
antibody (eNOS, 1 : 1000 dilution, Abcam, Cambridge, UK),
rabbit anti-intercellular adhesion molecule 1-antibody
(ICAM-1, 1 : 500 dilution, Biorbyt, UK), rabbit anti-vascular
cell adhesion molecule-1 antibody (VCAM-1, 1 : 1000 dilu-
tion, Abcam, Cambridge, UK), rabbit anti-interleukin 1 beta
antibody (IL-1β, 1 : 1000 dilution, Abcam, Cambridge, UK),
rabbit anti-IL-6 antibody (1 : 1000 dilution, Affinity, San
Francisco, USA), and rabbit anti-tumor necrosis factor alpha
antibody (TNF-α, 1 : 1000 dilution, Proteintech Group, Inc.
Wuhan, China). After washing three times with Tris-
buffered saline containing Tween (TBST), the membranes
were incubated with HRP-goat anti-rabbit antibody (Aspen)
at room temperature for 30min and then washed four times
with TBST. The protein bands were visualized by the
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chemiluminescence method and quantified using analytical
software (AlphaEase FC, USA). The relative expression of
target proteins was normalized to β-actin from the same
sample, and the data was normalized by the mean value of
the control group.

2.9. qRT-PCR. Total RNA was extracted from the frozen
skeletal muscle tissues using a Trizol reagent (Invitrogen Life
Technologies) according to the manufacturer’s protocol.
First strand cDNA was synthesized using PrimeScript™ RT
Reagent Kit with gDNA Eraser (TaKaRa Bio Inc.). Candi-
date gene expression levels were measured using an
RT-PCR thermocycler (StepOne™ Life Technologies) with
the following specific primers: IL-1β, forward: 5′-GTGG
CAGCTACCTATGTCTTGC-3′, reverse: 5′-CCACTTGTT
GGCTTATGTTCTGT-3′; IL-6, forward: 5′-TGGAGTTCC
GTTTCTACCTGG-3′, reverse: 5′-GGTCCTTAGCCACT
CCTTCTGT-3′; and TNF-α, forward: 5′-CACCACGCTCT
TCTGTCTACTG-3′, reverse: 5′-GCTACGGGCTTGTCAC
TCG-3′. The mRNA level for each target gene was calculated
using the Delta-Delta-CT method and normalized to the
β-actin mRNA level from the same sample. The primers
for β-actin were as follows: forward: 5′-CGTTGACATCC
GTAAAGACCTC-3′, reverse: 5′-TAGGAGCCAGGGCA
GTAATCT-3′.

2.10. Statistical Analysis. Continuous variables are expressed
as the mean ± SD and were analyzed by one-way ANOVA.
All data were analyzed using GraphPad Prism version 7.0
software (GraphPad Software, Inc. San Diego, CA), and
two-tailed p ≤ 0 05 was considered significant.

3. Results

3.1. VNS Significantly Alleviated SMI/R Injury. As shown in
Figure 2(a), skeletal muscle tissues in the I/R group showed
muscle cell degeneration, necrosis, sarcoplasmic dissolution,

and neutrophil infiltration. The extent of these changes was
alleviated in the I/R+VNS group. Figure 2(b) shows that the
gastrocnemius muscle injury area in the high-power field
(HPF) was highest in the I/R group, significantly lower in
the I/R+VNS group, and lowest in the control group.

Figure 2(c) shows that the CK and LDH levels were sig-
nificantly higher in the I/R group than in the control group
(CK, 5060 31 ± 847 02 vs. 233 13 ± 98 01U/L, p < 0 05;
LDH, 847 96 ± 120 20 vs. 298 50 ± 73 10U/L, p < 0 05). The
CK and LDH levels were significantly attenuated by the
VNS treatment (CK, 1849 44 ± 456 94 vs. 5060 31 ± 847 02
U/L, p < 0 05; LDH, 625 65 ± 81 51 vs. 847 96 ± 120 20U/L,
p < 0 05).

TUNEL staining was used to detect skeletal muscle cell
apoptosis among the three groups. The percentage of
TUNEL-positive cells was significantly increased in the I/R
group compared with the control group (32 83 ± 4 62% vs.
1 67 ± 1 21%, p < 0 05). In the I/R+VNS group, the percent-
age of TUNEL-positive cells was significantly decreased
compared with that in the I/R group (13 83 ± 2 59% vs.
32 83 ± 4 62%, p < 0 05) (see Figure 3).

3.2. VNS Significantly Mitigated the Inflammatory Response
in the Skeletal Muscle after I/R. As shown in Figure 4, the
mRNA and protein expression levels of proinflammatory
factors IL-1β, IL-6, and TNF-α were markedly increased
in the I/R group compared with the control group (mRNA
expression: IL-1β, 2 92 ± 0 44 vs. 1 00 ± 0 08; IL-6, 2 80 ±
0 20 vs. 1 00 ± 0 13; and TNF-α, 3 88 ± 0 31 vs. 1 00 ±
0 17, p < 0 05 for each. Protein expression: IL-1β, 4 03 ±
0 58 vs. 1 00 ± 0 42; IL-6, 3 20 ± 0 32 vs. 1 00 ± 0 31; and
TNF-α, 4 40 ± 0 62 vs. 1 00 ± 0 6, p < 0 05 for each). VNS
significantly mitigated the increased expression of levels of
inflammatory markers (mRNA expression: IL-1β, 1 71 ±
0 11 vs. 2 92 ± 0 44; IL-6, 1 76 ± 0 09 vs. 2 80 ± 0 20; and
TNF-α, 2 42 ± 0 15 vs. 3 88 ± 0 31, p < 0 05 for each.
Protein expression: IL-1β, 2 29 ± 0 51 vs. 4 03 ± 0 58; IL-6,
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Figure 1: Experimental protocol (a) and location of the vagus nerve (b). I/R: ischemia-reperfusion; VNS: vagus nerve stimulation.
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1 83 ± 0 43 vs. 3 20 ± 0 32; and TNF-α, 2 70 ± 0 0 74 vs.
4 40 ± 0 62, p < 0 05 for each).

3.3. VNS Significantly Attenuated Oxidative Stress in Skeletal
Muscle after I/R. The MPO activity in skeletal muscle tissues
was used to indicate the neutrophilic infiltration severity.
I/R injury significantly increased the MPO activity
compared with the sham operation (0 40 ± 0 06 vs. 0 13 ±

0 02U/g, p < 0 05). In contrast, VNS significantly alleviated
the increase in MPO activity after I/R (0 25 ± 0 04 vs. 0 40 ±
0 06U/g, p < 0 05) (see Figure 5(c)). The changes in the
MDA and SOD concentrations in skeletal muscle tissues are
shown in Figures 5(a)-5(b). As a biomarker of oxidative stress,
the MDA level was significantly increased in tissues after I/R
(1 29 ± 0 14 vs. 0 54 ± 0 08 nmol/mg protein, p < 0 05). In
contrast, as a biomarker of antioxidant activity, the SOD was
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Figure 3: Effect of VNS on skeletal muscle cell apoptosis. (a) Representative images showing immunofluorescence staining for DAPI (blue)
and TUNEL (green) in skeletal muscle cell nuclei from the control, I/R, and I/R+VNS groups. (b) Quantification of skeletal muscle cell
apoptosis. ∗p < 0 05 vs. control group; #p < 0 05 vs. I/R group.
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significantly decreased in tissues after I/R (39 26 ± 7 85 vs.
118 85 ± 23 00U/mg protein, p < 0 05). However, VNS dur-
ing I/R markedly mitigated these changes (MDA, 0 92 ± 0 07
vs. 1 29 ± 0 14 nmol/mg protein; SOD, 68 31 ± 14 46 vs.
39 26 ± 7 85U/mg protein, p < 0 05). Similar variation trends
were observed for the serum MDA and SOD levels (see
Figures 5(d)-5(e)). Compared to the control group, the I/R
group showed significantly different serum MDA and SOD
levels (MDA, 8 58 ± 0 88 vs. 4 32 ± 0 62 nmol/mL; SOD,
175 14 ± 13 10 vs. 383 93 ± 26 28U/mL, p < 0 05 for both),
while VNS markedly attenuated these changes (MDA, 6 19 ±
0 80 vs. 8 58 ± 0 88 nmol/mL; SOD, 305 37 ± 14 76 vs.
175 14 ± 13 10U/mL, p < 0 05 for both).

3.4. VNS Significantly Protected Vascular Endothelial
Function in the Skeletal Muscle after I/R. Endothelial func-
tion was evaluated by the expression of eNOS, ICAM-1,
and VCAM-1. Figure 6(b) shows that I/R significantly
decreased the expression level of eNOS and increased the
expression levels of ICAM-1 and VCAM-1, while VNS
exerted a protective effect on endothelial function and
relieved the above changes. The relative expression of eNOS,
ICAM-1, and VCAM-1 in the control and I/R groups were
1 00 ± 0 09 vs. 0 25 ± 0 10, 1 00 ± 0 28 vs. 5 15 ± 0 77, and

1 00 ± 0 20 vs. 3 82 ± 0 59, respectively, with p < 0 05 for
all. VNS significantly relieved the changes described above
(0 59 ± 0 16 vs. 0 25 ± 0 10, 3 40 ± 0 83 vs. 5 15 ± 0 77, and
2 14 ± 0 61 vs. 3 82 ± 0 59 for eNOS, ICAM-1, and
VCAM-1, respectively, p < 0 05 for all).

4. Discussion

In the present study, we provide novel evidence that VNS
during SMI/R injury could ameliorate skeletal muscle injury,
as shown by alleviated cellular apoptosis, degeneration and
inflammatory cell infiltration, and reduced serum CK and
LDH levels compared to sham VNS. The underlying mech-
anisms of this protective effect involve inhibiting excessive
inflammation and oxidative stress and protecting endothelial
function. To the best of our knowledge, this is the first study
to apply VNS to treat SMI/R injury.

It is well known that the innervation of the autonomic
nervous system plays a vital role during organic I/R injury,
including SMI/R injury. Sympathetic nerves are distributed
in the adventitia of arteries in the skeletal muscle [14].
Increasing the sympathetic tone will lead to enhanced
noradrenaline release, which results in vasoconstriction via
direct activation of the α-receptors and inhibition of
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Figure 4: VNSmitigates inflammation in SMI/R injury. (a) Relative mRNA levels of IL-1β, IL-6, and TNF-α in the control, I/R, and I/R+VNS
groups. (b, c) Representative blots and relative protein expression of IL-1β, IL-6, and TNF-α among different groups. ∗p < 0 05 vs. control
group; #p < 0 05 vs. I/R group. IL-1β: interleukin-1β; IL-6: interleukin-6; TNF-α: tumor necrosis factor-α.
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vasodilating neuropeptides. Ischemia and hypoxia are com-
mon sympathoexcitatory stresses. This sympathetic vaso-
constrictive effect might further exaggerate SMI/R injury
[15]. Povlsen and Sirsjo have reported that treatment with
guanethidine, a sympathetic nerve blocker, during reperfu-
sion in SMI/R leads to a better prognosis [16]. Increased
vagal tone might offset the sympathetic vasoconstrictive
effect and protect organs from I/R injury. There are also
emerging studies of this potential therapy for I/R injury. In
a rat model, Jiang et al. reported that VNS treatment during
cerebral I/R significantly reduced I/R injury [17]. The heart
muscle is histologically similar to the skeletal muscle, and
in a cardiac I/R model, VNS significantly reduced reperfu-
sion arrhythmias and infarct size [8]. Our previous study
also showed an analogous protective effect of VNS against
myocardial I/R injury [18]. Such effects suggest that VNS
might be a potential approach for treating SMI/R. The
results of the present study are consistent with those of pre-
vious studies and demonstrate that VNS can attenuate
SMI/R injury.

Currently, it is recognized that the pathophysiological
mechanisms of I/R injury in the skeletal muscle include
inflammation, oxidative stress, vascular endothelial dam-
age, calcium overload, and mitochondria damage [19–22].

Corrick et al. reported that the administration of dexa-
methasone, a classic anti-inflammatory drug, at the onset
of reperfusion ameliorated the structural and functional
damage in the skeletal muscle [23], indicating the impor-
tant role of inflammation in SMI/R injury. Acetylcholine
(Ach) is an anti-inflammatory substance through choliner-
gic anti-inflammatory pathways [24]. VNS has been dem-
onstrated to stimulate the release of Ach and might be a
potential anti-inflammatory treatment in different diseases.
Jonge et al. have reported that VNS could attenuate macro-
phage activation and suppress inflammation [25]. Similar
results have been reported by Koopman et al., indicating
that VNS could inhibit proinflammatory cytokine produc-
tion and attenuate inflammatory disease [26]. Several
researchers have applied the vagal anti-inflammatory effect
in I/R injury and achieved excellent effects. Inoue et al.
reported that VNS significantly reduced the expression of pro-
inflammatory cytokines in a renal I/R rat model [7]. Similarly,
our data indicate that VNS significantly reduced the inflam-
matory cytokine levels compared with sham VNS.

Reperfusion induced oxidative stress can promote skele-
tal muscle cell apoptosis [27]. It is known that inhibiting
oxidative stress can effectively alleviate I/R injury. One study
has shown that VNS can reduced oxidative stress in a
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Figure 5: VNS attenuates oxidative stress in SMI/R injury. (a-c) The effect of VNS on the MDA, SOD, and MPO levels in skeletal muscle
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6 Oxidative Medicine and Cellular Longevity



cerebral I/R rat model [17]. Our previous study indicated
that VNS markedly reduced reactive oxygen species
(ROS) production in a myocardial I/R canine model [18].
These data show that VNS could prevent I/R injury via
an antioxidative stress effect. MPO is involved in the
generation of ROS. The balance between prooxidant bio-
markers (MDA) and antioxidant biomarkers (SOD) repre-
sents the activity of oxidant stress [28]. In the present
study, our data suggest that VNS significantly decreased
tissue MPO activity, reduced the concentration of MDA,
and increased SOD activity in both tissue and serum.
Therefore, we suggest that antioxidative activity may be
one of potential mechanisms underlying the protective
effect of VNS against SMI/R injury.

Vascular endothelial dysfunction is another mechanism
involved in SMI/R injury [29]. Endothelial activation, which
is defined by increased expression of cell surface adhesion
molecules such as ICAM-1 and VCAM-1, was the main
manifestation of vascular endothelial dysfunction [30]. The
inflammatory response could activate the vascular endothe-
lium, promote the production of proinflammatory cytokines
(such as IL-6 and TNF-α), and increase the expression of
ICAM-1 and VCAM-1. A previous study has shown that
cholinergic agonists could suppress endothelial cell activa-
tion, as confirmed by decreased ICAM-1 expression [31].
Our results show that VNS relieved the increased expression
of ICAM-1 and VCAM-1 induced by SMI/R injury. Nitric
oxide (NO) is a bioactive molecule that helps dilate the
blood vessels. It has been proven that NO could inhibit
inflammatory cell adhesion and limit endothelial activation
[32]. The expression of eNOS is essential for the production

of NO and integrity of the vascular endothelium [33]. Yoshi-
zumi et al. reported inhibiting eNOS expression could lead
to endothelial dysfunction in human umbilical vein endo-
thelial cells [34]. Previous studies have shown that increased
eNOS expression leads to improvement of the endothelial
function, which could improve the prognosis of SMI/R
injury [11]. Li et al. reported that chronic VNS increased
the expression of eNOS in ovariectomized rats [35]. In the
present study, VNS significantly increased the expression
of eNOS compared with sham VNS. Together with the
downregulated expression of ICAM-1 and VCAM-1 and
the increased eNOS expression results, our data indicated
that VNS could protect the skeletal muscle from I/R injury
by preserving endothelial function.

SMI/R injury is a common clinical condition. Until
now, effective drug interventions to address this pathologi-
cal state have been limited. The present study provides evi-
dence that VNS could markedly reduce skeletal muscle
tissue injury and cell apoptosis induced by I/R. Recently,
stimulating the auricular branch of the vagus nerve has been
proven to be safe and effective for achieving a similar effect
as cervical VNS, which might overcome the shortcomings of
conventional VNS [10, 36]. With further research to vali-
date its safety and practicability, noninvasive VNS might
become a novel technology to treat SMI/R injury in patients
(see Figure 7).

4.1. Study Limitations. First, different stimulation sites and
parameters have been shown to exert distinct therapeutic
effects. In this study, we only verified the current stimula-
tion parameters in left-side VNS. Further studies will aim
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to contrast bilateral VNS and explore the best stimulation
parameters. Second, although we revealed several potential
mechanisms by which VNS protects against SMI/R injury,
the exact mechanism remains to be explored. Third, we
only investigated the acute impact of VNS on SMI/R injury.
Long-term effects should be verified in future studies.
Fourth, we only measured the expression of eNOS as a
parameter to reflect the endothelial function. The eNOS
activity and NO production can be better to reflect the
endothelial function. The effect of VNS on these parameters
will be investigated in our further studies.

5. Conclusions

In conclusion, our data suggest that VNS could play a protec-
tive role in I/R-induced skeletal muscle injury. Its potential

mechanisms may involve suppressing excessive inflamma-
tion, alleviating oxidative stress, and preserving vascular
endothelial function. Although further studies are needed
to validate its safety and practicability, VNS might provide
a novel treatment for patients with SMI/R injury.
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Reduction in muscle strength with aging is due to both loss of muscle mass (quantity) and intrinsic force production (quality).
Along with decreased functional capacity of the muscle, age-related muscle loss is associated with corresponding comorbidities
and healthcare costs. Mitochondrial dysfunction and increased oxidative stress are the central driving forces for age-related
skeletal muscle abnormalities. The increased oxidative stress in the aged muscle can lead to altered excitation-contraction
coupling and calcium homeostasis. Furthermore, apoptosis-mediated fiber loss, atrophy of the remaining fibers, dysfunction of
the satellite cells (muscle stem cells), and concomitant impaired muscle regeneration are also the consequences of increased
oxidative stress, leading to a decrease in muscle mass, strength, and function of the aged muscle. Here we summarize the
possible effects of oxidative stress in the aged muscle and the benefits of physical activity and antioxidant therapy.

1. Introduction

With improved life quality conditions and the availability of
treatments, life expectancy and consequently the number of
elderly in the population have increased [1]. This change in
population composition places increasing emphasis on the
treatment of chronic, noncommunicable diseases as they
have become major causes of death and disability worldwide,
thus driving the need to understand the mechanism of aging
and find treatments for age-related diseases [2].

The skeletal muscle is the largest organ in the body com-
prising ~40% of its mass. It plays fundamental roles in move-
ment, posture, and energy metabolism. The loss of skeletal
muscle mass and function with age can have a major impact
on quality of life and results in increased dependence and
frailty. Age-related decline of skeletal muscle function (sarco-
penia) results in strength loss [3]. This loss stems from two
major sources, reductions in muscle mass (i.e., quantity)
and decrease in its intrinsic capacity for producing force
(i.e., quality). Both can be the consequence of several factors
(Figure 1), including oxidative stress that is the result of the
accumulation of reactive oxygen and nitrogen species
(ROS/RNS). The free-radical theory of aging was established
more than 60 years ago [4] and has become one of the most

studied theories to have been proposed. It is now accepted
that this theory and its various spin-offs cannot alone explain
the aging process [5, 6]. Nevertheless, huge amounts of data
indicate that ROS-mediated aging phenotypes and age-
related disorders exist [7, 8].

During physiological homeostasis the overall oxidative
balance is maintained by the production of ROS/RNS from
several sources and their removal by antioxidant systems,
including endogenous or exogenous antioxidant molecules.
At physiological concentrations ROS/RNS play essential
roles in a variety of signaling pathways. There is an optimal
level of ROS/RNS to sustain both cellular homeostasis and
adaptive responses, and both too low and too high levels of
ROS/RNS are detrimental to cell functions [9]. The skeletal
muscle consumes large quantities of oxygen and can generate
great amounts of ROS and also reactive nitrogen species.
Mitochondria are one of the most important sources of
ROS in the skeletal muscle; furthermore, NADPH oxidase
(NOX) [10], xanthine oxidase [11], and phospholipase A2
(PLA2) [12, 13] are also involved in ROS production.

The origin of the increased ROS production and oxida-
tive damage is mitochondrial dysfunction with aging [14],
caused by age-related mitochondrial DNA mutations,
deletions, and damage [15], as well as the impaired ability
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of muscle cells to remove dysfunctional mitochondria [16].
Oxidative phosphorylation impairment can lead to decreased
ATP production and further generation of ROS [4]. Interest-
ingly, aging is associated not only with an increase in oxida-
tive damage but also with an upregulation of antioxidant
enzymes in the skeletal muscle [9]. Furthermore, the iron
content of the mitochondria in the skeletal muscle increases
with aging, amplifying the oxidative damage with the gener-
ation of ROS [17]. Increased ROS production, mitochondrial
DNA damage, and mitochondrial dysfunction was observed
in aged muscles [18–20].

The skeletal muscle is highly plastic and shows sev-
eral adaptations towards mechanical and metabolic stress
[21, 22]. Oxidative stressors, like ROS, have long been taken
into account as harmful species with negative effects in the
skeletal muscle [23]. Proteins such as biomolecules are fre-
quently affected by oxidation; thus, elevated ROS levels can
cause reversible or irreversible posttranslational modification
of cysteine, selenocysteine, histidine, and methionine. Oxida-
tive posttranslational modifications of proteins are character-
istic in the aged muscle, such as carbonylation which alters
protein function [24]. The oxidative capacity of muscles is
strongly associated with health and overall well-being.
Enhanced oxidative capacity in the skeletal muscle protects
against several pathological phenomena (insulin resistance,
metabolic dysregulation,muscle losswith aging, and increased

energetic deficits in myopathies) [25, 26]. These protective
effects are largely associated with enhanced mitochondrial
function and elevated numbers of mitochondria, which
can protect against cellular stress.

Given the rapidly aging population, it is essential to better
understand the development, progression, prevention, and
treatment of age-related muscle diseases. The aim of this
review is to discuss the possible effects of age-related oxida-
tion on the skeletal muscle and highlight the benefits of phys-
ical activity and intake of antioxidant compounds to protect
from oxidative stress.

2. Oxidative Stress and EC-Coupling
Machinery in Aging

Ca2+, as a second messenger, is necessary for muscle con-
traction. Ca2+ can originate from the extracellular space
(the heart and smooth muscle) and from the intracellular
store of the sarcoplasmic reticulum (SR) (in the skeletal mus-
cle exclusively from SR). Excitation-contraction (EC) cou-
pling, the steps from the trigger action potential to the
development of force, starts with the activation of the voltage
sensor dihydropyridine-sensitive, L-type Ca2+ channels
(DHPRs). These can open the Ca2+ release channel ryano-
dine receptor (RyR) of SR [27]. The released Ca2+ freely
diffuses into the intracellular space and, after binding with
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Figure 1: Schematic summary of the effects of oxidative stress in the aged skeletal muscle. The age-related increase in oxidative stress can
result in mitochondrial dysfunction, and the dysfunctional mitochondria can further generate reactive oxygen species. The increased
oxidative stress can lead to a decrease both in muscle quality and in muscle quantity. As a consequence of the increased oxidative stress,
excitation-contraction uncoupling, altered calcium homeostasis, apoptosis-mediated fiber loss, atrophy of the remaining fibers,
dysfunction of the satellite cells (muscle stem cells), and impaired muscle regeneration can be observed in the aged muscle leading to a
decrease in muscle mass, strength, and function.
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troponin-C (TnC), initiates muscle contraction. During
relaxation, the Ca2+ is taken up by the sarco/endoplasmic
reticulum calcium pump (SERCA) into the SR [28]. If any
step in the EC-coupling pathway is disrupted, the voltage-
induced Ca2+ release from SR will be deficient and less cyto-
plasmic Ca2+ will be available to bind with TnC (Figure 2).

EC coupling has a unique structure in muscle fibers,
called calcium release units (CRUs). They are formed by
two membrane systems: the transverse- (t-) tubule, where
the trigger action potential (depolarization) from the sarco-
lemma goes into the fiber, and the calcium store SR terminal
cisternae [29]. In a fully developed skeletal muscle fiber, a
central t-tubule usually forms junctions with two SR forming
a triad. The voltage sensor DHPRs localized in the t-tubule
membrane [30] are in direct connection with the closely
apposed calcium release channel RyRs in the SR membrane.

2.1. RyR. Mammalian RyR has three isoforms, which were
originally identified in the skeletal muscle (RyR1), in the
heart muscle (RyR2), and in the brain (RyR3). It is now
known that some tissues express all three mammalian RyR
isoforms [31–33]. Several cellular compounds (e.g., ATP,
HCl, Ca2+, and Mg2+), specific proteins (phosphatases and
kinases), and endogenous oxidative species can regulate
RyR functions [34]. Abramson and Salama [35] were the first
to propose a redox-dependent gating model of RyR, in which
the channel pore opens after the oxidation and closes after
the reduction of critical sulfhydryl moieties within the RyR
complex. Gating transitions of the RyR channel are extremely
fast; the open state usually lasts no longer than a few millisec-
onds; thus, this hypothesis has been called into question
because of its slow kinetic [36]. Additionally, isolated RyR1
reconstituted in an artificial lipid bilayer functioned similarly
independently of the presence of cofactors to maintain the
catalytic transfer of electrons [37].

Another possibility to control RyR1 gating is the trans-
membrane redox potential of SR. In healthy mammalian
cells, the redox potential of the cytosol is approximately
-230mV [38]. The majority of redox buffers within the cyto-
sol of a muscle cell are based on the relative concentration of
oxidized (GSSG) and reduced (GSH) glutathione or NADH
and NAD+. In different nonmuscle cells, GSSG and GSH
transporters have been found across the ER membrane
[38, 39]. These transporters play an essential role in estab-
lishing and maintaining the membrane redox potential
gradient. It was shown that glutathione transport across
SR/ER membranes is very fast and correlates with the
expression of RyR1 in terminal cisternae [40]. These find-
ings imply the presence of one or more transmembrane
redox sensors in the RyR1 channel.

To study the redox regulation of RyR1 channel activity,
Feng et al. [41] used artificial lipid bilayer membranes and
precisely controlled the redox state by adjusting the
[GSSG]/[GSH] ratio to change redox potentials on both the
lumenal and cytoplasmic sides of the reconstituted channel.
Redox sensing may represent a widespread mechanism by
which RyR1 channels respond to local changes in transmem-
brane redox potential. As mentioned above, disulfide bond
formation (sulfhydryl oxidation) in RyR1 usually takes place
in the oxidizing environment of the SR lumen, not in the
reducing environment of the cytosol.

Pessah et al. [42] demonstrated that RyR1 channel gating
was accompanied by changes in the microenvironment of
hyperreactive Cys residues. It was assumed that the localized
redox potential could influence the domain with the redox
sensor, which might change the stability of the closed state.
This means that the closed but not the open conformation
of RyR1 senses redox changes. In this framework, the rapid
gating transitions of RyR1 would not coincide with oxidation
and reduction of disulfide bonds, and local changes in the
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redox environment would influence the overall operation of
the channel.

With advancing age, RyR becomes increasingly oxidized
and nitrosylated, which leads to leaky release channels.
RyR1 from aged mice was shown to be more oxidized and
cysteine-nitrosylated compared to that from young animals.
Furthermore, these RyR channels lacked the stabilizing sub-
unit FKBP12. Treating aged mice with the small molecule
rycal drug S107 stabilized binding of FKBP12 to RyR1 reduc-
ing intracellular Ca2+ leakage, enhancing Ca2+ release from
SR, decreasing ROS, and improving muscle exercise [43].
Similarly, increased Ca2+ leakage from the SR, primarily
through the RyRs, was found in type I fibers of aged humans,
and a reducing treatment with dithiothreitol inhibited RyR
Ca2+ leakage, thus increasing net SR Ca2+ accumulation
[44]. Other evidence of partially defective SR in the aged
muscle is the decreased frequency of spontaneous Ca2+

release (spark) through RyR, observed by Park et al. [45]
and the authors of this review (unpublished data).

The expression of RyR also changes with age. Unpub-
lished data of the authors of this review showed reduced
RyR expression in aging mice. The whole tetramer was
almost completely absent in the EDL muscle of old animals,
and only a smaller amount of degraded RyR was found.
Interestingly, this was not the case in mice that did voluntary
exercise throughout their entire life.

2.2. RyR-Associated Proteins. A lot of studies have inves-
tigated the redox dependence of accessory proteins of
RyR1, which contribute to the tight regulation of channel
activity in the mammalian skeletal muscle. These proteins
include the voltage sensor skeletal dihydropyridine recep-
tor (L-type Ca2+ channel), calmodulin, triadin, junctin,
FKBP12 (12 kDa FK506 binding protein), and calsequestrin
in the SR lumen [34, 46].

To date there is no evidence that triadin and junctin
have any role in the redox regulation of RyR1. On the
other hand, reactive sulfhydryl groups within RyR1 chan-
nels have been shown to help the binding of calmodulin,
and functional responses of calmodulin to RyR1 may be
redox regulated [47]. It was proposed that probably more
than one class of sulfhydryl residues within the RyR1
channel complex suffer chemical modification, each con-
tributing to a specific function. This question is still open
because of the structural complexity of RyR1 and its asso-
ciated proteins.

Calsequestrin-1 is a high-capacity Ca2+ buffer, localized
in the lumen of SR in close proximity to RyR1. It has been
demonstrated that nNOS and NOX2 also colocalize with
RyRs at the triad junctions, and the latter generate ROS,
which stimulate Ca2+ release from the SR through RyR1
[48]. Recently, it was hypothesized that in muscle fibers lack-
ing Calsequestrin-1, the close positioning of either nNOS or
NOX2 to RyR1 and the Ca2+-dependent activation of nNOS
could be the consequence of increased production of ROS
and RNS. This could finally lead to nitrosylation and glu-
tathionylation of specific cysteine residues causing oxidative
modifications that further increase the probability of leaky
RyR1 channels [49].

RyR1 has four subunits to bind the small FK506 protein
(FKBP12) [50]. FKBP12 associates mainly with the skeletal
muscle isoform to regulate RyR1 function. Pharmacological
removal of FKBPs causes uncoupling of RyR1 ion channels
from their neighbors and thus activates Ca2+ release from
SR [51]. A recent study shows that the 1,4 benzoderivative
S107 binds to multiple RyR1 sites with low affinity and stabi-
lizes the RyR1-FKBP12 complex depending on the redox
state of the calcium channel [52].

2.3. DHPR. DHPR is located in the t-tubules and plays a role
in EC coupling as the voltage sensor triggering Ca2+ release
from the SR after an action potential. More than 20 years
ago, Delbono et al. [53] recorded a significant reduction of
maximum charge movement and L-type calcium current in
muscle fibers from biopsies of 65-75-year-old patients. This
was accompanied with decreased Ca2+ release from the SR.
Just a few years later it was shown that ROS may also target
DHPRs, since ROS alter the dynamics of muscle K+ contrac-
tures [54]. A later study by the same research group using the
mammalian diaphragm demonstrated an increase in tension
after antioxidant application that is clearly dependent on
DHPR function [55]. These results support the hypothesis
that the DHPR redox state and RyR function are modulated
in an interactive manner and modify contractility.

It was also shown that the expression of the α1 subunit of
DHPR decreases with age and this is associated with the loss
of skeletal muscle strength [56]. These findings were ampli-
fied by the fact that DHPR expression levels can be regulated
by different mechanisms, independently from gene tran-
scription or mRNA expression. In a very recent study, a novel
finding was reported that cytoplasmic-located fast skeletal
muscle troponin T3 (TnT3) regulates DHPR expression in
skeletal muscle fibers and calpain-induced cleavage of TnT3
is associated with DHPR downregulation in aged mice [57].
The reduced DHPR expression with aging increases the
number of uncoupled RyR1s and, thus, decreases SR Ca2+

release which leads to EC uncoupling and finally decreased
force production.

2.4. SERCA. The sarco/endoplasmic reticulum Ca-ATPase
(SERCA) is the calcium pump that uptakes Ca2+ from the
cytosol to the SR during muscle relaxation. It has an impor-
tant role in maintaining the resting intracellular Ca2+ con-
centration (around 100nM). Evidence for NO inhibition
of the Ca-ATPase was observed in the rabbit skeletal muscle,
where sustained contractions led to significant (40–50%)
inactivation of the pump [58]. One possible explanation could
be the reactions with critical SH groups, since peroxynitrite
treatment of Ca-ATPase from the rabbit skeletal muscle was
correlated with oxidative and nitrosativemodifications of cys-
teines at several positions, of which one was deemed responsi-
ble for enzyme inhibition [59]. Recently it was shown that
SERCA1 is reversibly regulated via NO-dependent S-
glutathiolation of specific cysteine residues which are embed-
ded within the transmembrane domains of the pump. Some
specific amino acid peroxides react selectively with a subset
of cysteine residues of SERCA1, representing one of the
targets for NO-dependent S-glutathiolation [60]. In a
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parallel study it was also demonstrated that antioxidant treat-
ment affects intracellular Ca2+ concentration, increasing the
maximum rates of ATP hydrolysis and uptake of Ca2+ by
SERCA in the diaphragm [61].

The 53 kDa isoform of sarcalumenin, the major luminal
glycoprotein associated with SERCA, was found to be down-
regulated in the aged human muscle [62]. Interestingly this
was accompanied with the upregulation of Calsequestrin-1.
In a recent study on humans, it was shown that these changes
were reversed after 9 weeks of training by electrical stimula-
tion [63] of the vastus lateralis muscle of sedentary senior
volunteers. The decreased active SERCA, and thus insuffi-
cient SR Ca2+ content, can also be explained by the findings
of Boncompagni et al. [64]. Their electron microscopic study
proved the presence of SERCA and Calsequestrin-1-rich
tubular aggregates in the aging mouse skeletal muscle. They
hypothesized that polymerization of SERCA induces its
inactivity and this decreases the Ca2+ uptake capacity of
SR. Similarly, the accumulated inactive Calsequestrin-1 in
tubular aggregates is missing from SR and leads to reduced
Ca2+ storage capacity.

3. The Effects of Age-Dependent Structural
Changes in the Skeletal Muscle

It has been suggested by Renganathan and colleagues [56]
that an uncoupling between DHPR and RyR1 in the CRUs
(insufficient transmission of the sarcolemmal depolarization
to the calcium release channel) with aging is one of the major
determinants of the progressive decline in muscle strength.
This has been supported by transmission EM studies [65],
which show a progressive disarrangement of triads in the
aging human skeletal muscle. This results in a drastic reduc-
tion in the overall number of CRUs available for releasing
Ca2+ to initiate the sliding of contractile filaments and gener-
ate force. Notwithstanding that the total number of CRUs is
decreased, on average by more than 50% in the aging muscle,
the decrease in the total amount of both DHPR and RyR1
was less, because the decrease in the total number of
SR/t-tubule junctions is accompanied by an increase in the
average size of RyR clusters which compensate for the loss
of triads.

Besides Ca2+, ATP is also necessary to generate force, as
well as for relaxation in the skeletal muscle. The main source
of ATP is mitochondria. It was shown that mitochondria and
CRUs are functionally linked to each other via ROS- and
Ca2+-mediated cross-talk [66]. Furthermore, these two
organelles are structurally connected by tethers, which pro-
mote proximity and sufficient calcium signaling [67]. In the
aged muscle, not only the ultrastructure, density, and dispo-
sition of mitochondria and CRUs but also their reciprocal
associations are altered. The density of CRUs and mitochon-
dria is decreased in the aged muscle, with an increased num-
ber of damaged mitochondria and mitochondria misplaced
from their normal triadic position. A significant reduction
in CRU-mitochondria pair density and their tethering was
also observed in aged mice. These changes were accompanied
with increased oxidative stress and with decreased mitochon-
drial Ca2+ uptake and SR Ca2+ release [68]. These wrong

direction changes in the skeletal muscle can be prevented
by regular exercise. The number of mitochondria is higher
in athletic than in sedentary seniors, and furthermore, the
number of CRU-mitochondria pairs is three times higher in
senior sportsmen than in sedentary individuals. Since the
correct association between CRUs and mitochondria is nec-
essary for efficient ATP production, this can explain the sig-
nificantly superior muscle performance in lifelong exercising
seniors [68]. Similar results were obtained with mice that had
access to running wheels for the second part of their lives
(from 1 to 2 years of age) [69]. The authors of these studies
concluded in their results that the huge age-dependent
decrease affecting EC-coupling apparatuses and mitochon-
drial functions in the skeletal muscle of humans and mice
can be partly associated with inactivity in old age.

4. Oxidative Stress and Satellite Cell
Dysfunction with Aging

The skeletal muscle has the remarkable ability to regenerate
in response to injury. This regenerative capacity is due to
the muscle stem cells (MuSCs), also called satellite cells that
reside between the muscle fiber and its surrounding basal
lamina [70]. The satellite cells are mitotically and physiolog-
ically in a quiescent state (a G0 reversible arrest state) in the
healthy muscle and express the Pax7 transcription factor.
They are stimulated upon muscle injury to enter the cell cycle
and proliferate extensively and form myoblasts that will sub-
sequently differentiate and fuse to form muscle fibers. The
differentiated myocytes are capable of fusing together and,
with the preexisting myofibers, restore the muscle tissue. A
small subset of the expanding satellite cells does not commit
to terminal differentiation but self-renews to restore the qui-
escent satellite cell pool for further needs [71]. The regenera-
tive function of satellite cells declines with age [72, 73]
(Figure 3). At advanced geriatric age, this decline is maximal
owing to transition from a normal quiescence into an irre-
versible senescence (a G0 irreversible arrest).

The age-related deficits in muscle regeneration have been
linked to changes in the satellite cell environment (such as
inflammatory status) and/or satellite cell-intrinsic mecha-
nisms [74]. Both the number and the functionality of satellite
cells decrease with age [75–79], switching from quiescence to
a senescent state [76]. The satellite cells are unequally distrib-
uted among the different fiber types and differ between mus-
cles. In the rat extensor digitorum longus (EDL) muscle,
satellite cells are observed most frequently on type IIA fibers
and at approximately equal frequencies on type IIB and type I
fibers [80]. Interestingly, the soleus contains a considerably
higher percentage of satellite cells than the EDL [80]. In the
young adults, satellite cell content did not differ between type
I and type II muscle fibers [81]. Aging is associated with a
switch from fast to slow fiber type [82]. The abundance of
resident satellite cells declines with age in myofibers from
both fast- and slow-twitch muscles in mice [83], and a
decrease in FGF signaling as a possible limiting factor of sat-
ellite cell function during muscle aging has been identified
[83]. In contrast, satellite cell content is reported to be specif-
ically reduced in type II skeletal muscle fibers in the elderly,
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but not in type I fibers [84]. This decline in satellite cell con-
tent might be an important factor in the etiology of type II
muscle fiber atrophy, which accompanies the loss of skeletal
muscle with age [81, 84].

The function of satellite cells is altered by oxidative stress
with aging. In the aged muscle, the satellite cells exhibit a
reduced capacity to proliferate and self-renew. The decrease
in the self-renewing muscle stem cell pool can lead to
decreased regenerative capacity of the muscle. The quiescent
satellite cells have a low metabolic rate and display only a few
active mitochondria and therefore are exposed to low levels
of oxidative stress [85]. Gene expression studies have also
indicated differences in the transcriptional profile of aged
versus young satellite cells, e.g., changes in genes associated
with mitochondrial function [86]. The ROS production was
higher in isolated satellite cells from the aged muscle [87].
Furthermore, a decline in antioxidant capacity in satellite
cells was also observed with age, diminishing satellite cell
function with increased ROS levels [88]. It was reported that
the antioxidant activity of catalase and glutathione transferase
is reduced in aged satellite cells [89]. Several redox-dependent
signaling pathways are deregulated in aged satellite cells;
decreased Notch [90], increased Wnt (wingless/integrated)
[91], increased p38/MAPK (mitogen-activated protein
kinase) [77], and JAK-STAT3 (Janus kinase-signal transducer
of activation) [92] signaling were observed.

Mitochondrial dysfunction can result from decreased
NAD+ (nicotinamide adenine dinucleotide) levels of the cells.
Stem cells are thought to rely predominantly on glycolysis to
yield energy, decreasing NAD+ concentration [93]. The
reduction of the cellular NAD+ level and its effect on mito-
chondrial activity was shown to be a pivotal switch to modu-
late satellite cell senescence [78]. Treatment with the NAD+

precursor, nicotinamide riboside, induced the mitochondrial
unfolded protein response and synthesis of prohibitin pro-
teins, rejuvenated the muscle stem cells in aged mice, and
enhanced life span [78].

The activities of the ubiquitin-proteasome system,
autophagy, and chaperones appear to decline with age [94].
During myogenesis and regeneration, an increase in protein
synthesis and removal of misfolded proteins can be observed
[73]. Oxidative stress can influence muscle satellite cells by
altering their protein homeostasis. Basal autophagy is essen-
tial to maintain the stem cell quiescent state [95]. Autophagy
was shown to be essential to maintain the stemness of sat-
ellite cells by preventing the senescence caused by mito-
chondrial dysfunction and oxidative stress associated with
aging [95].

5. Age-Related Muscle Loss and Oxidative Stress

Sarcopenia, the age-associated generalized and progressive
reduction in muscle mass, increases the susceptibility to mus-
cle injury, serious falls, obesity, and diabetes [96], predicting
frailty, disability, poor quality of life, and mortality in the
elderly [97–101]. The prevalence of low muscle mass is esti-
mated between 8 and 40% depending on the population stud-
ied and the methods used to identify sarcopenia; it ranges
from 15% at 65 years to 50% at 80 years [100, 101]. Progres-
sive muscle loss starts at approximately the age of 40 years; it
is estimated at about 8% per decade until the age of 70 years
and then it increases to 15% per decade [102]. Reduction in
muscle mass is usually combined with an increase in body
fat mass; the accumulation of fat can be observed within
the muscle fibers. The high levels of ROS in the aging muscle
can induce the transition of satellite cells into an adipogenic
phenotype. This muscle-to-fat transition can explain the
increased intramuscular adipose tissue associated with
sarcopenia [103, 104].

Age-related muscle atrophy was shown to be associated
with a decrease in the total number of muscle fibers and a
simultaneous decrease in the size of the individual fibers. It
was reported that age-related muscle loss in rodents [105]
and humans [82] can occur due to the loss of muscle fibers
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Figure 3: Age-related alterations in satellite cells. Mitochondrial dysfunction and decreased antioxidant capacity of aged satellite cells can lead
to increased oxidative stress. The satellite cell dysfunction results in decreased regenerative capacity of the muscle. As a consequence of
increased oxidative stress, a decrease in autophagy can lead to senescence.
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and a decrease in the cross-sectional area of the remaining
fibers. Several factors were reported to contribute to muscle
atrophy with aging. The role of reduced protein synthesis,
declines in neural function, hormonal deficits, chronic low-
grade inflammation, loss of mitochondrial function, nuclear
apoptosis, reduced function of satellite cells, and oxidative
stress was reported [96, 106].

A relationship was observed between oxidative stress and
muscle mass [107–110]. The disruption of signaling path-
ways involving skeletal muscle reactive oxygen species has
received increasing attention [6]. Age-associated accumula-
tion of nitrotyrosine in muscle proteins was reported [108].
The accumulation of mitochondrial and nuclear DNA
damage leads to the loss of skeletal muscle fibers [111].
Mitochondria-mediated apoptosis represents a central pro-
cess driving age-related muscle loss [112]. Mitochondrial
dysfunction is related not only to the loss of its capacity to
generate ATP but also to the activation of apoptotic pathways
leading to the irreversible cell loss that is characteristic of
sarcopenia [112].

Further studies have shown that ROS accumulation can
increase proteolysis leading to loss of muscle mass; increased
ROS production activates the ubiquitin-proteasome path-
way. Aging is associated with greater proteasome content
and activity [113], increased expression of the ubiquitin
ligase MuRF1 (Muscle RING-finger protein-1) and atrogin-1
[114], and increased calpain activity [115]; however, further
studies are required to explore the role of oxidative stress
in these age-related alterations. The potential role of age-
dependent mitochondrial dysfunction and cumulative oxi-
dative stress as the underlying cause of age-associated fiber
atrophy remains controversial; the pharmacological attenu-
ation of age-related mitochondrial redox changes failed to
rescue the age-associated muscle fiber atrophy, implying
that the muscle mitochondrial redox environment is not
a key regulator of fiber atrophy during sarcopenia [3].

Recently it was reported that sedentary humans display
an age-related decline in the mitochondrial protein optic
atrophy 1 (OPA1) that is associated with muscle loss [116].
FoxOs (Forkhead box proteins) are master regulators of
autophagy and the ubiquitin-proteasome system [117] and
are activated by oxidative stress and Akt inhibition. Impor-
tantly, the acute inhibition of OPA1 results in an increased
oxidative stress, and in vivo inhibition of FoxOs was suffi-
cient to reduce muscle atrophy in Opa1−/− mice [117].

6. Antioxidant Therapies and Effects of Exercise
on the Aged Muscle

The effects of exercise on aging in the skeletal muscle are very
controversial. There is widespread agreement that oxidation
could increase during exercise. Early studies have suggested
that ROS play important roles in the inflammatory response
to high-intensity or long-lasting exercise [118]. On the other
hand, it has also long been known that moderate exercise
increases the antioxidant capacity of the skeletal muscle by
mitochondrial remodeling [119]. A more recent study sug-
gested that endurance training stimulates mitochondrial
remodeling which leads to an increase in mitochondrial

content and function [120]. Unfortunately recent rodent
models suggest that exercise-induced mitochondrial remod-
eling is defective in the aged muscle [121]. In contrast, as
mentioned above, moderate exercise can improve the num-
ber of CRU-mitochondria pairs and thus provide more
ATP and Ca2+ for contraction [68]. Furthermore,
resistance-type exercise training represents an effective strat-
egy to increase satellite cell content and reverse type II muscle
fiber atrophy in humans [81].

Another target of exercise against oxidative stress is the
increased activity of enzymatic antioxidants (i.e., glutathione
peroxidase, catalase, and superoxide dismutase) accompany-
ing the exercise-induced ROS generation. For example,
skeletal muscle-specific manganese superoxide dismutase-
deficient mice, which showed reduced exercise activity
without atrophy, presented significantly improved exercise
activity of the skeletal muscle after a single administration
of an antioxidant [122].

Numerous investigations have aimed to explore the
effects of antioxidant treatment on skeletal muscle perfor-
mance. Some of them also studied old muscles and found
positive effects of such a treatment. For example, hydroxytyr-
osol, which has high free-radical-scavenging capabilities,
caused increased in vivo force in aged rats [123]. Recent stud-
ies showed positive effects of resveratrol [124], some plant
extracts (Rhus coriaria [125] and Rosmarinus officinalis
[126]), and vitamins (vitamin C [127]). The increasing
number of similar studies nowadays shows the importance
and topicality of finding good antioxidant treatment for
the aged muscle.

As discussed above, several studies report an elevation in
levels of oxidized protein and DNA in the older skeletal mus-
cle. To date, RyR is the only key protein in EC coupling for
which lifelong voluntary training was investigated and found
to improve its expression level in aged mice (unpublished
data of the authors). The data showed a beneficial antioxi-
dant effect of selenium supplementation on skeletal muscle
performance in old animals. However, as the authors could
not prove the direct effects of antioxidant treatment on
ROS production, there are several key proteins in EC cou-
pling which could be positively altered and, thus, enhance
force production.

The effect of antioxidant compounds on aged satellite
cells has already been reported. Tocotrienol is a vitamin E
analogue bearing high antioxidant activity. The tocotrienol-
rich fraction (TRF) replenished the regenerative capacity of
the human senescent satellite cells [128]; furthermore, TRF
is able to ameliorate antioxidant defence mechanisms and
improve replicative senescence-associated oxidative stress
in human satellite cells [129]. The vitamin E analogue trolox
treatment prevented the appearance of senescence markers,
restored the expansion, and rescued the proliferative and
regenerative defect of geriatric satellite cells [72]. The effect
of resveratrol was studied in the mouse myoblast cell and
showed protection against ROS by improving Sirt1 (Sirtuin1)
levels, increasing antioxidant production, and reducing apo-
ptotic signaling and cell death [130]. Interestingly, the effect
of exercise on the oxidative stress of satellite cells has not
yet been investigated in the literature. The protective effects
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of exercise, resveratrol, and their combination was shown to
increase muscle mass in rats, probably associated with antia-
poptotic signaling pathways through activation of AMPK
(AMP-activated protein kinase)/Sirt1 [131]. In contrast,
administration of the long-term mitochondria-targeted
antioxidant, mitoquinone mesylate, failed to attenuate age-
related oxidative damage or rescue the loss of muscle mass
and function in the skeletal muscle of old mice [132].

7. Concluding Remarks

Lifelong maintenance of muscle mass and strength is a global
health challenge. With an aging population, the problem of
sarcopenia is becoming more and more important, and effec-
tive strategies are required to improve muscle performance.
An average 30-year-old will lose about 25% of his or her mus-
cle strength by age 70 and 50% of it by age 80. The improve-
ment of mobility and independence is key for old people, and
it relieves society from healthcare and social support costs.
Our knowledge about the signaling pathways mediating
age-related muscle loss is still limited. Oxidative stress and
subsequent alterations in signaling pathways could lead to
different pathophysiological events at different stages of life,
especially in old age. As was shown in this review, a lot of tar-
gets in skeletal muscle could be altered by increased oxidative
stress with aging. Some of them are targets of intrinsic fac-
tors, but there are some which depend mainly on extrinsic
actions. The effects of oxidative stress in muscles are so
diverse that improving only one step is usually not enough
to get better muscle performance. This means that only com-
bined therapy could be effective, and continuous training will
also allow muscle fibers to incorporate higher levels of exog-
enous antioxidants from dietary supplements.

In conclusion, the risks of oxidative stress-induced dam-
age can be minimized with regular exercise, which has bene-
ficial effects on physical and mental health. We have to
emphasize that while it is never too late to begin exercise,
an early start and regular practice throughout life would
greatly improve outcomes in later years and slow down a
body’s aging process. A lot of people try to start a training
program late in life, when muscle performance is already
diminished. It follows that muscle research has to promote
the development of a new generation of physically active,
healthy elderly citizens. To achieve this, and to minimize oxi-
dative stress, the key could be a carefully developed exercise
protocol combined with adequate antioxidant supplemen-
tation. However, exercise can be restricted due to orthope-
dic or cardiopulmonary limitations, which highlights the
importance of the exploration of antioxidant therapy or
nontraditional exercise. Regular exercise to maintain mus-
cle function also has beneficial effects by reducing oxida-
tive stress, not only in the muscle, but in all tissue, a
fact that intrinsically would reduce/delay aging.
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Hemin, an inducer of heme oxygenase-1 (HO-1), can enhance the activation of HO-1. HO-1 exhibits a variety of activities, such as
anti-inflammatory, antioxidative, and antiapoptotic functions. The objective of this study was to investigate the effects of hemin on
sepsis-induced skeletal muscle wasting and to explore the mechanisms by which hemin exerts its effects. Cecal ligation and
perforation (CLP) was performed to create a sepsis mouse model. Mice were randomly divided into four groups: control, CLP,
CLP plus group, and CLP-hemin-ZnPP (a HO-1 inhibitor). The weight of the solei from the mice was measured, and
histopathology was examined. Cytokines were measured by enzyme-linked immunosorbent assay (ELISA). Real-time
quantitative reverse transcription polymerase chain reaction (qRT-PCR) and Western blotting were used to assess the
expression levels of HO-1 and atrogin-1. Furthermore, we investigated the antioxidative effects of HO-1 by detecting
malondialdehyde (MDA) levels and superoxide dismutase (SOD) activity. CLP led to dramatic skeletal muscle weakness and
atrophy, but pretreatment with hemin protected mice against CLP-mediated muscle atrophy. Hemin also induced high HO-1
expression, which resulted in suppressed proinflammatory cytokine and reactive oxygen species (ROS) production. The
expression of MuRF1 and atrogin-1, two ubiquitin ligases of the ubiquitin-proteasome system- (UPS-) mediated proteolysis, was
also inhibited by increased HO-1 levels. Hemin-mediated increases in HO-1 expression exert protective effects on sepsis-
induced skeletal muscle atrophy at least partly by inhibiting the expression of proinflammatory cytokines, UPS-mediated
proteolysis, and ROS activation. Therefore, hemin might be a new treatment target against sepsis-induced skeletal muscle atrophy.

1. Introduction

Sepsis is defined as a life-threatening organ dysfunction due
to a dysregulated host response to infection [1]. In the United
States, nearly 10% of all deaths result from severe sepsis or its
related complications every year [2]. Skeletal muscle atrophy
and muscle weakness occurring from sepsis have become
recognized as important issues in sepsis survivors [3]. A large
number of critically ICU patients suffer from severe muscle
wasting and impaired muscle function, which can delay
respirator weaning and persist long after hospital discharge,
thus reducing the patients’ quality of life [4, 5].

Muscle atrophy results from an imbalance between
muscle proteolysis and protein synthesis. When proteolysis

overwhelms protein synthesis, muscle atrophy occurs [6, 7].
Protein degradation within muscle appears to rely on three
pathways: ubiquitin-proteasome system- (UPS-) mediated
proteolysis, autophagy, and calcium-dependent calpains [8].
However, the pathway that has received the most attention
is the UPS-mediated proteolysis, which is believed to play a
dominant role in skeletal muscle atrophy [9]. Two ubiquitin
ligases, MuRF1 and atrogin-1, are key positive regulators of
UPS-mediated proteolysis and are upregulated in all rodent
models of skeletal muscle atrophy [10–12]. Additionally,
these proteins have been widely used as markers of muscle
wasting. Sepsis-induced cytokine secretion can also enhance
microvascular permeability, allowing circulating toxins to
impair axon activity [13]. The nutrition deficiency in muscle
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caused by impaired axons may lead to muscle atrophy. As
some myofibrillar proteins possess sulfhydryl groups that
are sensitive to oxidation, sepsis-induced reactive oxygen
species (ROS) appear to contribute to muscle wasting [14].
Thus, inhibiting proinflammatory cytokines and ROS should
be an effective method to reverse muscle wasting.

Heme oxygenase-1 (HO-1), also called heat shock
protein 32 (Hsp32), is an inducible enzyme that can con-
vert heme into carbon monoxide, biliverdin, and free iron
[15, 16]. Recent findings reported that HO-1 and its
metabolites exerted anti-inflammatory, antioxidative, and
antiapoptotic activities [17, 18]. As metabolites of HO-1,
CO and biliverdin were shown to contribute to stimulating
the host defense response against sepsis and modulating
inflammatory mediators in mice [18]. Previous studies
support the beneficial effects of HO-1 and its product in
an experimental model of sepsis [19]. We hypothesized
that the induction of HO-1 plays a pivotal role in sepsis-
induced skeletal muscle wasting.

In our study, we used hemin as an inducer of HO-1 and
examined whether hemin exerts a protective effect against
septic muscle atrophy in mice. We also investigated the
potential mechanism of its protective effect.

2. Materials and Methods

2.1. Sepsis Model. Cecal ligation and perforation (CLP) was
performed on 8-week-old male C57BL/6 mice obtained from
the Experimental Animal Center of the Naval Medical
University. All animals were fed a standard laboratory diet
and water and were acclimatized for at least l week before
use. All experimental procedures involving animals were
approved by the Animal Care and Use Committee of the
Second Military Medical University. After we anesthetized
the mice with 2%–3% sevoflurane, a midline laparotomy
was performed, and the cecum was exposed. The contents
of the intestines were extruded to the tip of the cecum, and
then the cecum was ligated 1 cm from the tip with a 3-0 silk
suture. We performed a double puncture of the cecum wall
with a 22-gauge needle. The abdominal wall was closed with
a continuous 3-0 silk suture in two layers. Sham-operated
mice were subjected to exposure of the peritoneum and
cecum but did not undergo ligation or puncture. No antibi-
otics were used. The mortality of the septic mice is 25% at
day 1, while it elevated to 50% at day 7, indicating that the
severity is moderate to severe.

2.2. Chemical Treatment and Experimental Groups. Hemin
and zinc protoporphyrin-IX (ZnPP, a HO-1 inhibitor)
(Sigma-Aldrich, St. Louis, MO) were dissolved in dimethyl
sulfoxide (DMSO) and then diluted with phosphate-
buffered saline (PBS) to a concentration of 10mg/ml. Mice
were randomly divided into four groups: control group (A),
CLP group (B), CLP plus hemin group (C), and CLP-
hemin-ZnPP group (D). Mice in groups A and B were intra-
peritoneally (i.p.) injected with 200μl PBS containing 2%
DMSO 1 day before surgery. Mice in group C were injected
with the same volume of hemin solution (50mg/kg, i.p.) 1
day before surgery, and mice in group D were injected with

the same volume of a mixture of hemin (50mg/kg, i.p.) and
ZnPP (20mg/kg, i.p.). We provided the same quantity of
food and water to all four groups.

2.3. Measurements of Muscle Mass and Protein Breakdown
Rates. The skin of the hind limbs was stripped for gross
comparisons of muscle mass. The solei of the mice were col-
lected and weighed at baseline and at 1, 3, 5, and 7 days after
surgery. We interpreted the weight of soleus as an evaluation
of muscle mass loss. Twenty-four hours after CLP or sham
surgery, the solei of the mice were dissected and incubated
for 2 hours in a shaking water bath at 37°C as previously
described [20, 21]. Because tyrosine cannot be synthesized
or degraded in muscle, protein breakdown rates were
determined by testing the net release of free tyrosine into the
incubation medium containing cycloheximide, a compound
that prevents the reincorporation of tyrosine into protein.

2.4. Histopathology Examination. Tibialis anterior (TA)
tissues were fixed with 10% buffered formalin at room tem-
perature, embedded in paraffin, and sliced into 5μm sections.
The sections were then stained with hematoxylin-eosin
(H&E) for morphological evaluation under a light micro-
scope (Leica, DM-IL-LED). We observed the transverse
sections taken at the midpoints of the legs. The muscle fiber
size was recorded by measuring the cross-sectional area
(CSA) of the skeletal muscle fiber.

2.5. Real-Time Quantitative Reverse Transcription
Polymerase Chain Reaction (qRT-PCR). Six mice from each
group were randomly killed 1, 4, and 7 days after CLP, after
which the TA muscles were harvested. Total RNA was
extracted from the TA tissue using TRIzol reagent (Invitro-
gen) according to the manufacturer’s instructions. cDNA
was synthesized using a PrimeScript™ 1st strand cDNA
synthesis kit (TaKaRa). Quantitative PCR was performed
using a SYBR green PCR kit (Invitrogen, Carlsbad, CA).
The PCR conditions were as follows: initial heating at 95°C
for 30 s, 40 cycles of denaturation at 95°C for 5 s and anneal-
ing at 60°C for 30 s, one extension at 95°C for 15 s, and a final
tal0extension at 60°C for 30 s. The following primers were
used: 5′-TGTGGGTGTATCGGATGGAG-3′ and 5′-GGCA
GAGTCTTCCACAGT-3′ for atrogin-1, 5′-TTTGACACC
CTCTACGCCAT-3′ and 5′-TTGGCACTTGAGAGAG
AGGAAGGT-3′ for MuRF1, and 5′-TTCAGAAGGGT
CAGGTCC-3′ and 5′-CAGTGAGGCCCATACCAGAA-3′
for HO-1.

The generation of PCR products was identified by
melting-curve analysis. Relative mRNA levels of atrogin-1,
MuRF1, and HO-1 were normalized to those of GAPDH.

2.6. HO-1 Activity Assay. The activity of HO-1 was identified
via bilirubin generation according to the method described
by Gong et al. [18]. Briefly, frozen TA samples were homog-
enized in lysis buffer. A sample fraction was harvested and
washed by multiple centrifugations. The pellet was solubi-
lized in 0.1M K2HPO3 by sonication and stored at −80°C
until extraction with chloroform. The extracted bilirubin
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was measured by the difference in absorbance at 464 nm and
530nm.

2.7. Cytokine Analysis. Blood was collected via cardiac punc-
ture with heparin-treated syringe needles and centrifuged at
1000g for 10min to harvest the serum. Sera were assayed
for mouse TNF-α and IL-6 with a murine enzyme-linked
immunosorbent assay (ELISA) kit (eBioscience, San Diego,
CA) as described by the manufacturer.

2.8. Western Blotting Analysis. Briefly, the TA tissues were
homogenized, and the proteins were resolved on polyacryl-
amide SDS gels and electrophoretically transferred to polyvi-
nylidene difluoride membranes. The membranes were
blocked with 5% (w/v) fat-free milk in Tris-buffered saline
containing 0.05% Tween-20, incubated with Abs (Abcam)
against mouse HO-1, atrogin-1, or MuRF1 at 4°C overnight,
and finally incubated with secondary Abs. After the immu-
noreactive protein bands were visualized, the protein levels
were normalized to the band density of β-actin (Abcam),
which served as an internal control. The corresponding semi-
quantitative analysis was performed by measuring the optical
density using the ImageJ software, and β-actin was used as an
internal control.

2.9. Assay of TA Lipid Peroxidation and Antioxidant Enzyme
Activities.Malondialdehyde (MDA), the end product of lipid
peroxidation, is a marker of tissue peroxidation. We
evaluated the degree of tissue peroxidation by measuring
the MDA levels. Superoxide dismutase (SOD) activity was
measured to analyze the activity of antioxidant enzymes. At
24 hours after CLP, we harvested the TA muscle and mea-
sured the MDA levels and SOD activity according the
methods described by Andrianjafiniony et al. [22].

2.10. Statistical Analysis. The study results are presented as
the mean± standard deviation (SD). Differences between
group means were calculated by one-way analysis of vari-
ance (ANOVA) or Student’s t-test. All data were analyzed

using Prism 5.0 (GraphPad Software, USA). p < 0 05 was
considered statistically significant.

3. Results

3.1. Administration of Hemin Ameliorated the Loss of Muscle
Mass. As shown in Figure 1(a), the size of the hind limbs was
significantly atrophic after CLP surgery. However, adminis-
tration of hemin partly reduced this effect, but treatment with
ZnPP, an inhibitor of HO-1, reversed the effects of hemin.
The weight of the solei among the groups was not
significantly different at baseline. As the time after surgery
increased, only slight soleus weight loss was observed in the
control group. However, there was a significant deterioration
in the weight of the solei from septic mice. Administration of
hemin ameliorated this loss in muscle mass, while ZnPP
abrogated this protective effect (Figure 1(b)). These results
suggested that hemin exerts a protective effect against the loss
of muscle mass. Protein breakdown rates in septic mice
increased by nearly 2-fold. There was no significant differ-
ence in the protein breakdown rates between the control
and hemin groups, and the protein breakdown rates in the
ZnPP group were similar to those in the CLP group
(Figure 1(c)).

3.2. Hemin Pretreatment Improved Sepsis-Induced
Pathological Injury of TA Tissues of Mice. The TA tissues
from the CLP group revealed smaller myofibers and CSA;
however, the muscle fibers from the hemin group were in
better condition than those from the CLP group
(Figure 2(a)). We used the CSA of the muscle fibers to assess
the degree of muscle atrophy. The CSA of the fibers from the
CLP group was significantly smaller than that of the fibers
from the control group. The administration of hemin
positively affected the myofiber size, whereas mice in the
ZnPP group showed a similar myofiber size to mice in the
CLP group (Figure 2(b)).
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Figure 1: Hemin ameliorated muscle mass loss and mitigated the protein breakdown rates. (a) Gross comparisons of muscle mass (8-week-
old mice, 3 days after CLP surgery). (b) The weight of the solei frommice in the hemin group was improved, especially on days 3, 5, and 7 after
surgery. ∗p < 0 001 (hemin vs. CLP), n = 6. (c) Protein breakdown rates as measured by the tyrosine concentration. ∗p < 0 001 (control vs.
CLP), ∗∗p < 0 001 (hemin vs. CLP), #p < 0 001 (ZnPP vs. hemin), n = 6.
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3.3. Hemin Upregulated the Expression and Activity of HO-1
in TA. The qRT-PCR results showed that HO-1 levels and
activity were higher in the CLP group than in the sham group
(p < 0 05), indicating that sepsis could induce HO-1 activa-
tion and its activity. We also found that hemin administra-
tion significantly increased the HO-1 levels and its
activation and that the change in HO-1 expression in the
hemin group was higher than that in the control and CLP
groups (Figure 3(a)). ZnPP, an inhibitor of HO-1, suppressed
HO-1 activation but did not affect hemin-induced upregula-
tion of HO-1 expression (Figure 3(b)). We also found that
the protein expression of HO-1 was slightly elevated in the
CLP group compared with that in the control group. Pre-
treatment with hemin significantly enhanced HO-1 protein
expression, but ZnPP administration did not affect the
increased expression of HO-1 (Figures 3(c) and 3(d)).

3.4. Hemin Contributed to the Reduction in Proinflammatory
Cytokine Levels. Because changes in proinflammatory cyto-
kine levels play an important role in sepsis and may be
involved in muscle atrophy, we examined the production of
cytokines. The plasma levels of the proinflammatory cyto-
kines TNF-α and IL-6 were significantly upregulated in mice
that underwent the CLP procedure compared with those in
mice from the sham group (Figure 4). High HO-1 expression
induced by hemin could suppress these increases, and the
serum levels of TNF-α and IL-6 did not show a significant
difference between the CLP and ZnPP groups.

3.5. Hemin Enhanced the Antioxidant Defense Response.
Compared with the control group, the CLP group showed a
statistically significant increase in the plasma levels of
MDA. MDA levels were lower in the hemin-pretreated mice
than in mice in the CLP group. MDA levels in mice in the
ZnPP group were slightly higher than those in mice in the
CLP group, but there was no statistically significant differ-
ence (Figure 5(a)). Muscle SOD activity in mice in the hemin
group was obviously higher than that in mice in the CLP
group, and the protective function of hemin was abrogated
by ZnPP (Figure 5(b)).

3.6. Hemin Inhibited the Expression of Muscle Atrophy
Markers. Atrogin-1 and MuRF1 function as muscle-specific
ubiquitin E3 ligases that tag proteins destined for ubiquitin-
proteasomal proteolysis; thus, they are two of the most
important genes upregulated in the process of muscle atro-
phy. Figures 6(a) and 6(b) show that the mRNA expression
levels of atrogin-1 and MuRF1 were significantly upregulated
in the TA tissues from CLP mice, especially at 1 day and 4
days after surgery. The enhanced expression of HO-1
induced by hemin reduced the expression of atrogin-1 and
MuRF1 in the hemin group compared with that in the CLP
group. The expression of the two ubiquitin E3 ligases was
higher in the ZnPP group than in the HO-1 group. As shown
in Figures 6(c) and 6(d), the protein expression of atrogin-1
and MuRF1 was elevated in the CLP group compared to
the observed levels in the control group. Pretreatment with
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Figure 2: Histopathology examination of TAmuscles at day 5 after surgery. (a) Skeletal muscle fibers from the CLP group exhibited a smaller
cross-sectional area (CSA) than those from the control and hemin groups (H&E staining, 40x magnification, scale bar = 50 μm). (b)
Quantification of the CSA of TA muscles from the different groups. ∗p < 0 001 (CLP vs. the control group), ∗∗p < 0 01 (hemin vs. the CLP
group), #p < 0 05 (ZnPP vs. the hemin group), n = 6.
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hemin dampened the protein expression of these two E3
ligases. However, in the ZnPP group, the protein expression
of atrogin-1 and MuRF1 was upregulated.

4. Discussion

In our study, we used the CLP mouse model of sepsis to
investigate the protective role of hemin in skeletal muscle
wasting. Mice in the CLP group showed reduced muscle force
and severe pathological atrophy of myosin fibers. Hemin

succeeded in promoting the expression of HO-1 in CLPmice.
Compared with mice in the CLP group, hemin-pretreated
mice showed an apparent improvement in skeletal muscle
force and ameliorated muscle atrophy.

Many factors, such as aging, weightlessness, immobiliza-
tion, corticosteroids, hyperglycemia, and sepsis, may cause
loss of muscle mass and muscle atrophy [23]. Previous stud-
ies have shown that early initiation of physical rehabilitation
and minimization of deep sedation may prevent disuse atro-
phy andmuscle weakness [24]. Muscle atrophy in critically ill
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Figure 3: Hemin induces high HO-1 expression and increased HO-1 activation. (a) Hemin pretreatment can promote HO-1 mRNA
expression at 1, 4, and 7 days after surgery (∗p < 0 001 vs. CLP at 1 day, ∗∗p < 0 001 vs. CLP at 4 days, #p < 0 05 vs. CLP at 7 days). (b)
Hemin enhanced the enzyme activity of HO-1, but ZnPP treatment reversed this effect (∗p < 0 01 vs. CLP, #p < 0 01 vs. CLP+ hemin;
n = 6). (c) Western blot analysis of levels of the HO-1 protein. (d) Results of the corresponding semiquantitative analysis of levels of
the HO-1 protein based on the optical density measured using the ImageJ software; the data are presented as means± SEM and are
representative of three separate experiments (∗p < 0 01 vs. control, #p < 0 01 vs. CLP).
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patients could also be attenuated by intensive insulin therapy
[25], suggesting that glycemia control is an effective way to
protect against muscle proteolysis.

The mechanisms of muscle breakdown are complicated.
The ubiquitin-proteasome system plays a primary role in
sepsis-induced muscle atrophy, which suggests that ubiquitin
ligases may be involved in the development of muscle
atrophy during sepsis [26]. There is persistent loss of myosin
heavy chain (MyHC) in the skeletal muscle of severe critically
ill patients that manifests shortly after ICU admission [27].
MyHC and many other myofibrillar proteins (such as

myosin-binding proteins) were regarded as MuRF1 sub-
strates [28]. The atrogin-1 substrates recognized thus far
include MyoD, which is thought to control myoblast identity
and differentiation [29]. As a result, atrogin-1 and MuRF1,
the two muscle-specific ubiquitin ligases, have become
potential therapeutic targets [30]. Sepsis, systemic inflamma-
tory response syndrome, and multiple organ failure seem to
play a crucial role in leading to muscle atrophy [31]. Proin-
flammatory cytokines such as TNF-α and IL-6 influence the
blood-nerve barrier and promote endothelial cell leukocyte
activation, which damages the axon [32]; this impaired nerve
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Figure 4: Sepsis induced high serum levels of TNF-α and IL-6. Hemin pretreatment reduced the levels of TNF-α and IL-6. (a) ∗p < 0 0001 vs.
control, #p < 0 05 vs. CLP; n = 6. (b) ∗p < 0 0001 vs. control, #p < 0 01 vs. CLP; n = 6 (1 day after surgery).
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Figure 5: Oxidative stress response in TA muscle at 24 hours after CLP. (a) MDA concentration. ∗p < 0 05 vs. the control group; ∗∗p < 0 05
vs. the CLP group; n = 6. (b) SOD activity measurement. ∗p < 0 01 vs. the control group; ∗∗p < 0 01 vs. the CLP group; n = 6.
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function may contribute to muscle atrophy. TNF-α, IL-6, and
other proinflammatory cytokines can also initiate network
cascades that activate the FoxO family, the members of which
stimulate the expression of MuRF1 and atrogin-1 [30, 33].

HO-1, the rate-limiting enzyme in heme degradation,
was reported to confer cytoprotection against oxidative stress

and inflammation in several animal models [34]. The major
function of HO-1 is to catabolize the oxidative degradation
of heme into biliverdin, CO, and free iron. Biliverdin is an
effective antioxidant that eliminates peroxyl radicals, and
CO exhibits strongly antiapoptotic and anti-inflammatory
activities [35]. Previous in vivo and in vitro studies have
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Figure 6: The levels of CLP-induced muscle atrophy markers were elevated, and HO-1 suppressed the mRNA and protein expression of
atrogin-1 and MuRF1. (a) HO-1 inhibited the mRNA expression of atrogin-1 at 1, 4, and 7 days after surgery (∗p < 0 01 vs. CLP at 1 day,
#p < 0 05 vs. CLP at 4 days, ∗∗p < 0 01 vs. CLP; n = 6). (b) HO-1 suppressed the mRNA expression of MuRF1 during sepsis at 1, 4, and 7
days after surgery (∗p < 0 01 vs. CLP at 1 day, #p < 0 01 vs. CLP at 4 days, ∗∗p < 0 01 vs. CLP at 7 days; n = 6). (c, d) Western blot analysis
of levels of the atrogin-1 and MuRF1 proteins. Results of the corresponding semiquantitative analysis of levels of the HO-1 protein based
on the optical density measured using the ImageJ software; the data are presented as means± SEM and are representative of three separate
experiments (∗p < 0 01 vs. control, #p < 0 01 vs. CLP). The protein expression of atrogin-1 and MuRF1 was upregulated in the CLP group.
Hemin suppressed the protein expression of these two ligases; however, ZnPP administration abrogated the protective effects of
hemin (1 day after surgery).
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demonstrated that HO-1 reduces the production of proin-
flammatory cytokines, including TNF-α and IL-6, and
inhibits the activation of NF-κB and MAPK signaling during
sepsis [36]. HO-1 may prevent liver fibrosis and alleviate lung
pathological injury by suppressing NF-κB signaling pathways
[37, 38]. Many factors, such as hyperoxia, hypoxia, endo-
toxins, and nitric oxide, can promote elevated HO-1 expres-
sion [39]. In our study, we found that during the early stage
of sepsis (24 hours after CLP surgery), there was an obvious
increase in HO-1 levels in the CLP group. Hemin, a substrate
of HO-1, can enhance the activation of HO-1. In our exper-
iments, we used hemin as an inducer of HO-1 and found that
hemin can stimulate HO-1 activation. To identify whether
the protective function rooted in HO-1 was mediated by
hemin or by other subjects, we included a CLP mouse group
treated with ZnPP, an inhibitor of HO-1 that can suppress
the enzyme activity of HO-1. We found that mice in the
ZnPP group showed no improvements in muscle condition;
thus, the protective effects were due to HO-1 but not hemin
or other related constituents. Interestingly, we found that
ZnPP does not influence the expression of HO-1 but can
inhibit its activity, indicating that the protective function of
HO-1 may depend on its metabolites.

In our experiments, we found that high levels of HO-1
suppress the gene expression of atrogin-1 and MuRF1,
suggesting that HO-1 inhibits muscle fiber atrophy partly
by downregulating ubiquitin ligase activation. The CLP
model mice showed high levels of TNF-α and IL-6 expression
in the skeletal muscle. HO-1 suppressed the levels of these
proinflammatory cytokines, indicating that HO-1 may
inhibit muscle atrophy partly via its protective role against
CIP. Oxidative stress is an important contributor to the etiol-
ogy of skeletal muscle dysfunction. Appropriate levels of oxi-
dants are required for normal cell adaptation and function,
and high levels of ROS negatively affect the structure and
function of macromolecules such as proteins, DNA, and
lipids [40]. High levels of ROS may also activate proteolytic
systems, thus causing enhanced protein breakdown in skele-
tal muscles, which results in enhanced MuRF1 levels leading
to muscle atrophy [41]. Our study shows that HO-1-treated
mice exhibited a high level of SOD activity and relatively
low MDA levels, indicating that HO-1 exerted a protective
role in muscle atrophy partly via its antioxidative function.

Regarding the experimental group design, we considered
that after surgery, mice in the CLP group and control group
may have different appetites, and food intake can also cause
differences in muscle mass. To address this, we offered the
same quantity of food to all the groups (the exact food quan-
tity was designated based on the results of our preliminary
experiments). There are still some questions our experiments
did not elucidate. First, we only explored the protective
mechanism of HO-1 in the proteolysis process of muscle
atrophy, but we did not investigate whether HO-1 can pro-
mote muscle protein synthesis. Second, a recent finding
showed that hemin exhibited cytotoxicity in colon-derived
epithelial cells in a dose- and time-dependent manner.
Hemin can downregulate the expression of the 18 kDa trans-
locator protein, which contributes to cell proliferation [42].
Therefore, we must explore other functions of hemin aside

from its protective role against muscle atrophy. There are
also some limitations in our experiments. First, the experi-
ments were done in both slow-twitch and fast-twitch
muscles. It is then difficult to address whether the effect of
hemin is specific or not. Second, although the CLP-induced
muscle weakness is evident, we did not perform objective
measurement to illustrate the issue.

5. Conclusion

In conclusion, our findings showed that hemin may promote
the elevated expression of HO-1, which exerts a protective
function against sepsis-induced skeletal muscle wasting.
HO-1 can reduce muscle proteolysis partly by inhibiting
the expression of proinflammatory cytokines and muscle-
specific ubiquitin ligases. HO-1 can also exert a protective
role by suppressing ROS activation in the skeletal muscle.
Therefore, hemin might be a new treatment target against
sepsis-induced skeletal muscle atrophy.
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Few studies have associated the effects of changes in caloric intake and redox disturbances in the gastrointestinal tract. Therefore,
the present study aimed at evaluating the hypercaloric diet consumption influence on the contractile reactivity of intestinal smooth
muscle, morphology, and oxidative stress of rat ileum. Wistar rats were randomly divided into groups that received a standard diet
and fed with a hypercaloric diet for 8 weeks. Animals were euthanized, and the ileum was isolated to isotonic contraction
monitoring. Morphology was evaluated by histological staining and oxidative stress by quantification of malondialdehyde levels
and total antioxidant activity. Cumulative concentration-response curves to KCl and carbachol were attenuated in rats fed with
a hypercaloric diet compared to those that received a standard diet. In addition, an increase in caloric intake promotes a rise in
the thickness of the longitudinal smooth muscle layer of rat ileum and tissue malondialdehyde levels, characterizing lipid
peroxidation, as well as a decrease in the antioxidant activity. Thus, it was concluded that the consumption of a hypercaloric
diet impairs rat intestinal contractility due to mechanisms involving modifications in the intestinal smooth muscle architecture
triggered by redox disturbances.

1. Introduction

World Health Organization (WHO) defines obesity as a
chronic condition characterized by an excessive accumula-
tion of adipose tissue that causes health risk [1]. Therefore,
obesity is categorized in the 10th revision of the International

Classification of Diseases (ICD-10) at endocrine, nutritional,
and metabolic diseases section [2].

Currently, several models develop obesity in animals
through genetic mutations. However, most cases of human
obesity are considered polygenic because of several gene
integration. Thus, when analyzing the genesis of obesity in
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humans, the induction of this disease in animals through the
consumption of highly palatable and hypercaloric diets is
indicated as the most appropriate [3].

Recently, our research group established a model of
erectile dysfunction in Wistar rat associated to a hyperca-
loric diet consumption and characterized by an increase in
body adiposity, endothelial dysfunction, and systemic
oxidative stress [4]. The integral role of oxidative stress
in the genesis of diseases affecting smooth muscle cells
has been highlighted, mainly due to evidence of free radi-
cals influence on contractility and/or relaxation of smooth
muscle cells [5, 6].

The reactive oxygen species (ROS) are signaling agents
under physiological conditions and control healing pro-
cesses, apoptosis, and maintenance of smooth muscle tone
and proliferation of this tissue, among others [7, 8]. ROS
include a variety of free radicals, such as superoxide anion
(O2−) and hydroxyl radicals (OH−), as well as nonradical
oxygen derivatives such as hydrogen peroxide (H2O2),
hypochlorous acid (HClO), peroxynitrite (ONOO−), and
ozone (O3) [9].

An imbalance resulting from overproduction of ROS can
damage proteins, lipids, DNA, and other cellular compo-
nents [10, 11]. In order to contain the formation of these
ROS, the organism presents enzymatic and nonenzymatic
antioxidant systems, and both play a fundamental role in
the prevention of oxidation resulting from ROS [12]. The
enzymatic antioxidant system comprises superoxide dismut-
ase (SOD), glutathione peroxidase (GSH-PX) and reductase
(GSH-Rd), and catalase, which are the enzymes responsible
for removing O2−, organic hydroperoxides, and H2O2,
respectively [13, 14]. The nonenzymatic system involves a
group of antioxidants that can be complexed in compounds
produced in vivo, such as glutathione, ubiquinone, and uric
acid, and in compounds obtained directly from the diet such
as ɑ-tocopherol (vitamin E), β-carotene, ascorbic acid (vita-
min C), and phenolic compounds such as flavonoids [11, 15].

In view of this information, changes in the balance
between oxidative stress and body antioxidant defenses,
with a predominance of ROS, observed when there is an
increase in caloric intake, raise the probability of the
development of organic dysfunctions. However, few stud-
ies have reported the effect of a change in dietary pattern
on intestinal disorders; despite the abnormalities on intes-
tinal contraction are related to pathophysiological pro-
cesses, such as constipation, diarrhea, and intestinal colic
[16]. Therefore, the aim of this study was to investigate
the influence of hypercaloric diet consumption on the con-
tractile reactivity of intestinal smooth muscle, morphology,
and oxidative stress on rat ileum.

2. Materials and Methods

2.1. Animals. Wistar rats (Rattus norvegicus), 2 months old
(approximately 150 g), were obtained from the Bioterium
Professor Thomas George from Universidade Federal da
Paraíba (UFPB). The animals were maintained under con-
trolled ventilation and temperature (21± 1°C) with water ad
libitum in a 12 h light-dark cycle (light on from 6 to 18 h).

The experimental procedures were performed following the
principles of guidelines for the ethical use of animals in
applied etiology studies [17] and from the Conselho Nacional
de Controle de Experimentação Animal of Brazil [18] and
were previously approved by the Ethics Committee on
Animal Use of UFPB (protocol no. 0201/14).

2.2. Groups and Diets. Animals were randomly divided into
two groups (10 rats/group): rats that received a standard diet
(Presence®) containing by weight 23% protein, 63% carbohy-
drate, and 4% lipids with energy density 3.8 kcal/g (SD) and
rats fed with a hypercaloric diet composed by a standard diet
(Presence®), milk chocolate, peanuts, and sweet biscuit in the
proportion of 3 : 2 : 2 : 1 (HD) [19]. The hypercaloric diet
containing by weight 23% protein, 45% carbohydrate, and
16% lipids with the energy density of 4.2 kcal/g was prepared
weekly and supplied to animals as pellets [4]. The experimen-
tal groups were fed for 8 weeks.

2.3. Drugs. Potassium chloride (KCl), calcium chloride
(CaCl2), magnesium chloride (MgCl2), sodium chloride
(NaCl), and formaldehyde were purchased from Vetec
Química Fina Ltda. (Brazil). Sodium bicarbonate (NaHCO3)
and glucose (C6H12O6) were purchased from Dinâmica
(Brazil). Sodium monobasic phosphate (NaH2PO4), sodium
hydroxide (NaOH), and hydrochloric acid (HCl) were
purchased from Nuclear (Brazil). These substances, except
glucose, NaCl, and NaHCO3, were diluted in distilled
water to obtain each solution, which was maintained
under refrigeration.

Carbamylcholine hydrochloride (CCh) was purchased
from Merck (USA). Cremophor®, thiobarbituric acid, tetra-
methoxypropane, perchloric acid, Mayer’s hematoxylin,
and eosin were acquired from Sigma-Aldrich (Brazil). All
substances were diluted in distilled water as needed for each
experimental protocol. The carbogen mixture (95% O2 and
5% CO2) was obtained from White Martins (Brazil).

2.4. Ileum Isolation. Animals were euthanized by guillotine
and the ileum was removed, cleaned of connective tissue
and fat, immersed in physiological solution at room temper-
ature, and bubbled with carbogen mixture (95% O2 and 5%
CO2). In order to record the isotonic contractions, ileum
segments (2–3 cm) were individually suspended in organ
baths (5mL) by cotton yarn and registered on the smoked
drum through levers coupled to kymographs (DTF) with a
thermostatic pump model Polystat 12002 Cole-Parmer
(Vernon Hills) that controlled the organ bath temperature.

The physiological solution of Tyrode was used and has
the composition (in mM) as follows: NaCl (150.0), KCl
(2.7), CaCl2 (1.8), MgCl2 (2.0), NaHCO3 (12.0), NaH2PO4
(0.4), and D-glucose (5.5). The pH was adjusted to 7.4, and
the ileum was stabilized for 1 h under a resting tension of
1 g at 37°C and bubbled with a carbogen mixture [20].

2.5. Contractile Reactivity Measurement. The ileum was
assembled as previously described. After a stabilization
period of 30min to verify the organ functionality, a contrac-
tion was induced with 30mM KCl. Subsequently, cumulative
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concentration-response curves were obtained to KCl
(10−3−3× 10−1M) and CCh (10−9−3× 10−5M).

The contractile reactivity was evaluated based on the
values of the maximum effect (Emax) and the negative loga-
rithm of the molar concentration of a substance that pro-
duced 50% of its maximal effect (pCE50) of both contractile
agents, calculated from the concentration-response curves
obtained. The maximum amplitude obtained from the SD
group concentration-response curve was elected as 100%,
and the HD was assessed referring to it.

2.6. Histological Analysis. Ileum segments were assembled as
previously described fixed in 10% formaldehyde solution and
subjected to a standard histological procedure. This process
was composed of the following steps: (1) tissue dehydration
at increasing alcohol series of 70% for 24 h and 80, 96, and
100% (third bath) during 1 h each; (2) tissue diaphaniza-
tion/bleaching with immersion in 100% xylene alcohol
(1 : 1) during 1 h, followed by two baths in pure xylene during
1 h each; (3) tissue embedding in paraffin, wherein the
sample was immersed in two baths of liquid paraffin (heated
to 50°C) during 1 h each. Then, samples were embedded in
new paraffin.

The blocks obtained were cut to 5μm thick in cross-
section of the ileum and stained with Mayer’s hematoxy-
lin/eosin [21]. Digital images of histological sections were
obtained and analyzed with an optical microscope with
an attached camera. In this analysis, two cross-sections
per animal were photographed, and the second quadrant
of the ileum circumference was used to measure both
circular and longitudinal muscle layers using the Leica
Qwin 3.1 software [22].

2.7. Assessment of Lipidic Peroxidation Levels. Lipid peroxi-
dation was measured by the chromogenic product of 2-
thiobarbituric acid (TBA) reaction with malondialdehyde
(MDA) that is a product formed as a result of membrane
lipid peroxidation [23]. Therefore, ileum segments were
homogenized with KCl (1 : 1), and samples of tissue homog-
enate (250μL) were incubated at 37°C for 60min. After that,
the mixture was precipitated with 35% perchloric acid and
centrifuged at 1207g for 20min at 4°C. Then, the supernatant
was collected and 400μL of 0.6% TBA was added and
incubated at 95–100°C for 1 h. After cooling, the samples
were read in a spectrophotometer at a wavelength of
532nm (Biospectro, SP-220 model-Brazil). The determina-
tion of the MDA concentration was made by substituting
the absorbance values in the MDA standard curve obtained
on the basis of a standard solution (1μL of 1,1,3,3- tetra-
methoxypropane in 70mL distilled water) diluted in series
of 250, 500, 750, 1000, 1250, 1500, 1750, 2000, 2250, 2500,
2750, and 3000μL of distilled water.

2.8. Antioxidant Activity Assay. The ileum homogenate was
assembled as previously described. In addition, an aliquot
of 1.25mg of DPPH was diluted in ethanol (100mL), kept
under refrigeration, and protected from light. Then, 3.9mL
of DPPH solution was added with 100μL of the supernatant
ileum homogenate on appropriate centrifuge tubes. These

tubes were vortexed and left to stand for 30min, centrifuged
at 1207g for 15min at 20°C. Then, the samples were read in a
spectrophotometer at a wavelength of 515 nm (Biospectro,
SP-220 model-Brazil) [24].

Results were expressed as the percentage of the oxida-
tion inhibition: AOA=100− (((DPPH⋅ R) S/(DPPH⋅ R)
W)× 100), where (DPPH⋅ R) S and (DPPH⋅ R) W corre-
spond to the concentration of DPPH⋅ remaining after
30min, measured in the sample (S) and white (W) pre-
pared with distilled water.

2.9. Statistical Analysis. Results were expressed as the mean
and standard error of the mean (S.E.M.) and statistically
analyzed using Student’s t-test to the intergroup comparison.
Cumulative concentration-response curves were fitted, and
pCE50 values were obtained by nonlinear regression [25].
Values were significantly different when p < 0 05. All data
were analyzed by GraphPad Prism® version 5.01 (GraphPad
Software Inc., USA), and the visualization of histological sec-
tions was performed onQ-Capture® Pro version 7.0 software.

3. Results

3.1. Contractile Reactivity Measurement. In the HD group,
cumulative concentration-response curves to KCl
(10−3−3× 10−1M) were attenuated with the reduction on
Emax from 100% (SD) to 42.7± 3.1%. However, the pCE50
value of the HD group (pCE50 = 1.8± 0.8) showed no statis-
tical difference compared to the SD group (pCE50 = 1.8± 0.2)
(Figure 1(a), Table 1, n = 5).

Meanwhile, cumulative concentration-response curves to
CCh (10−9−3× 10−5M) were shifted to the right in rats fed
with a hypercaloric diet (pCE50 = 6.6± 0.1) compared to the
SD group (pCE50= 6.3± 0.05). In addition, Emax value was
decreased on HD related to SD (Emax =32.7± 7.5 and 100%,
respectively), changing both potency and efficacy of CCh
(Figure 1(b), Table 1, n = 5).

3.2. Histological Analysis. The circular smooth muscle layer
thickness of rat ileum has no significant difference between
HD (48.3± 4.0μm) and SD groups (47.0± 1.8μm). How-
ever, the longitudinal smooth muscle layer of rat ileum
presented an increased thickness on rats fed with a hyper-
caloric diet compared to that in the SD group (36.53± 4.6
and 29.0± 1.9μm, respectively) (Figure 2, n = 5).

3.3. Assessment of Lipidic Peroxidation Levels. The MDA
levels in rat ileum were increased from 5.4± 0.2μM/L (SD)
to 7.0± 0.3μM/L in rats fed with a hypercaloric diet
(Figure 3(a), n = 5).

3.4. Antioxidant Activity Assay. The antioxidant activity in
rat ileum was decreased from 93.0± 1.4% (SD) to 77.5
± 1.5% in rats fed with a hypercaloric diet (Figure 3(b),
n = 5).

4. Discussion

In this work, the influence of hypercaloric diet consumption
on the contractile reactivity, morphology, and oxidative

3Oxidative Medicine and Cellular Longevity



stress in rat ileum was investigated, demonstrating that an
increase in caloric intake is associated with a decrease in con-
tractile reactivity, an increase in the longitudinal smooth
muscle layer thickness, lipid peroxidation, and a decrease in
the antioxidant activity of this organ.

Chronic noncommunicable diseases (NCDs), such as
type 2 diabetes mellitus, dyslipidemias, hypertension, and
obesity, play an important and growing role in global public
health due to their disabilities and early mortality. In this
view, a central part of the genesis of these diseases is the
excessive increase in body adiposity [26].

There are many determinants of obesity, being, therefore,
a multifactorial disease characterized by the abnormal or
excessive accumulation of adipose tissue [1]. Basically, obe-
sity is caused by genetic and environmental factors, which
are associated to an imbalance between energy expenditure
and caloric consumption that are often determined by the
consumption of diets with high energy density and high
levels of fat and sugar [27, 28].

The ethical limitation in studying the mechanisms by
which obesity induces physiological disorders in humans
has resulted in the creation of experimental models using
animals that are induced mainly by dietary and/or endocrine
manipulation [29]. In these models, it is known that the
consumption of hypercaloric/hyperlipidic diets is directly
related to the development of various metabolic and hemo-
dynamic disorders that result in adipose tissue hypertro-
phy/hyperplasia [30, 31].

Nevertheless, few studies have investigated the associa-
tion of metabolic dysfunctions arising from the consump-
tion of hypercaloric diets with possible alteration of
cavernous smooth muscle reactivity on rats. Newly, Wistar
rats fed with a hypercaloric diet, during eight weeks, showed
increased systemic oxidative stress as well as impairment of
contractile and relaxing reactivity of the corpus cavernosum
in both pharmaco- and electromechanical couplings [4].
However, there is a lack of information about possible
changes in intestinal contractile reactivity due to hypercalo-
ric diet consumption, regarding the caloric content as well as
the diet composition.

In view of these premises, it was decided to investigate
whether the consumption of this diet, for eight weeks, would
also alter the Wistar rats’ intestinal contractile reactivity.
Thus, the effect of the consumption of hypercaloric diet on
both electro- and pharmacomechanical couplings was tested
using KCl and CCh, respectively. The KCl was employed to
simulate alterations on the membrane potential, which are
physiologically controlled by the pacemaker of interstitial
cells of Cajal located at the boundaries and in the substance
of the inner circular muscle layer from which they spread
to the outer longitudinal muscle layer. The CCh was used
to mimic the cholinergic stimulation that happens in the
intestinal smooth muscle [32, 33].

In this study, the KCl contractile efficacy was reduced in
rats fed with hypercaloric diet in relation to those that
received standard diet, with no change in potency
(Figure 1(a), Table 1). Rembold [34] that verified an attenu-
ation in cumulative concentration-response curves to KCl in
rat ileum, decreasing its efficacy without changing the con-
tractile potency, obtained similar results due to exercise.
Thus, it is shown that an increase in caloric intake reduces
the contraction elicited by the electromechanical coupling
of rat ileum.

In addition, when rats consumed hypercaloric diet, a
reduction was observed in both contractile efficacy and
potency of CCh (Figure 1(b), Table 1). Data obtained by
Araujo et al. [35] have demonstrated a similar decrease in
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Figure 1: Cumulative concentration-response curves to KCl (a) and CCh (b) in rat ileum from both SD (▲) and HD groups (Δ). The symbols
and vertical bars represent the mean and S.E.M., respectively (n = 5). Student’s t-test, ∗p < 0 05 (SD vs. HD).

Table 1: Values of Emax (%) and pCE50 of KCl and CCh in rat ileum
from both SD and HD groups. Student’s t-test, ∗p < 0 05 (SD vs.
HD) (n = 5).

Groups
KCl CCh

Emax (%) pCE50 Emax (%) pCE50
SD 100 1.8± 0.2 100 6.3± 0.05
HD 42.7± 3.1∗ 1.8± 0.8 32.7± 7.5∗ 6.6± 0.1∗
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both efficacy and potency of CCh in the ileum of rats submit-
ted to acute aerobic swimming exercise that were associated
to a possible desensitization of intestinal muscarinic recep-
tors. Moreover, the reperfusion process was also correlated
to a reduction of ACh-induced contractile response in the
ileum of rats submitted to occlusion of superior mesenteric
artery plus interruption of collateral blood flow, leading to
reperfusion [36]. Therefore, we demonstrate that an increase
in caloric intake reduces the contraction elicited by the phar-
macomechanical coupling of rat ileum, due to a less response
of smooth muscle cell to cholinergic stimulation.

The synchrony between the smooth muscle layers, a
circular and a longitudinal layer, modulates the intestinal
contractility. In this view, Bertoni et al. [37] showed that
hypertrophy of the circular smooth muscle layer is associated
to an increase in contractile efficacy, whereas hypertrophy of
the longitudinal smooth muscle layer exhibits a greater
sensitivity to the relaxing factors, leading to a decrease in

contractile efficacy. Thus, as the present study demonstrated
a reduced contractility of rat ileum (Figure 1) due to hyperca-
loric diet consumption, it was hypothesized that changes in
the architecture of the intestinal smooth muscle could be
responsible for these results.

Therefore, to verify this hypothesis, histological analyses
were performed on rat ileum from both experimental groups.
The circular smooth muscle layer thickness was not altered
by the consumption of a hypercaloric diet (Figure 2). Inter-
estingly, an increase in the longitudinal smooth muscle layer
thickness was observed (Figure 2), characterizing a hypertro-
phy process. Based on these results, it can be proposed that
an increase in caloric intake leads to longitudinal smooth
muscle layer hypertrophy and, consequently, reduced the
ileum contractility (Figures 1 and 2).

A common problem related to the pathogenesis of
intestinal reactivity disorders is the presence of a chronic
low-grade inflammation that results in adipose tissue
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Figure 2: Microphotography of rat ileum from both SD (a) and HD groups (b) and thickness of CML and LML (c). Increased lens 20x. The
symbols and vertical bars represent the mean and S.E.M., respectively (n = 5). Student’s t-test, ∗p < 0 05 (SD vs. HD). CML= circular muscle
layer; LML= longitudinal muscle layer; VI = villus.
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hypertrophy [38]. Similar to other inflammatory processes,
adipose tissue inflammation is a trigger for the oxidative
stress and can be started by an increase in caloric intake.
Briefly, due to the consumption of hypercaloric/hyperlipidic
diets, there is an increase in glucose and circulating lipid
levels resulting in the excessive supply of energetic substrates
to metabolic routes. In turn, ROS production is raised,
especially O2−, H2O2, and OH−, among others [8, 9].

It is consolidated in the literature that an imbalance in
tissue peroxidation and antioxidant activity leads to oxidative
damage, consequently, modulating both structure and/or
function of the tissue [39–41]. Ischemia-reperfusion events
in the intestinal musculature are closely related to oxidative
stress [42], promoting motor and intestinal mucosa alter-
ation, decrease in nutrient absorption, and gastrointestinal
permeability [43, 44]. Other processes that also alter redox
homeostasis, such as physical exercise, have already been cor-
related to increased lipid peroxidation. Specifically, Araujo
et al. [45] showed that chronic aerobic swimming exercise
increases lipid peroxidation after four weeks of exercise.
Based on this information, it was decided to investigate
whether the consumption of a hypercaloric diet would also
alter lipid peroxidation of rat ileum. For this, the levels of
MDA, a lipid peroxidation marker, were evaluated.

In studies involving oxidative stress, MDA represents a
compound formed through the oxidative decomposition of
polyunsaturated fatty acids from the membrane and is the
most frequently quantified systemic and tissue marker [46].
MDA levels are therefore quantified through a calorimetric
reaction in which two molecules of thiobarbituric acid are
condensed with a molecule of MDA, and the end product is
detected by spectrophotometry technique [47].

According to this methodology, it was observed that
MDA concentration was increased in rat ileum from the
HD group in relation to the SD group (Figure 3(a)). Souza
et al. [4], using the same hypercaloric diet, showed that rats
had an increase in MDA levels in plasma, characterizing a
systemic oxidative stress. The remarkable increase in the level
of ileum peroxidation in the HD group (Figure 3(a)) is quite
suggestive that hypercaloric diet consumption also promotes

tissue peroxidation. Additionally, it is an important challenge
for intestinal redox homeostasis and indicates a possible
compromise of the antioxidant defense system of these
animals. The peroxidation increase may be a consequence
of proinflammatory cytokine production (TNF-α, IL-1, and
IL-6), due to excess body adiposity, since these cytokines
stimulate ROS production by macrophages [48].

In biological systems, this imbalance in ROS production
is counterbalanced by the body’s antioxidant capacity,
representing the body’s ability to sequester free radicals
through redox systems [49]. Knowing this, it was investigated
whether the consumption of a hypercaloric diet would alter
the antioxidant activity of these rats. For this, the DPPH
reduction colorimetric method was used, which is based on
the sample’s ability to reduce the DPPH radical (purple) to
1,1-diphenyl 2-picryl hydrazine (translucent), detected by
spectrophotometry technique [50].

In this study, the HD group presented a reduction in
tissue antioxidant activity in relation to the SD group
(Figure 3(b)). The decrease of systemic antioxidant activity
was demonstrated by Souza et al. [4] using the same hyperca-
loric diet. Therefore, the reduction of the ileum antioxidant
capacity observed in the HD group (Figure 3(b)) reinforces
the idea of an imbalance between ROS production and antiox-
idant defense systems, correlated with an increase in MDA
levels in these rats (Figure 3(a)). Since free radicals are regula-
tors in several cellular processes, such as transcriptional factor
activation, gene expression, and cell proliferation [7], it was
proposed that an oxidative stress caused by the consumption
of a hypercaloric dietmay underlie the hypertrophy process of
intestinal smooth muscle cells in rats (Figures 2 and 3).

In conclusion, the current study showed initial evidence
that the consumption of a hypercaloric diet impairs rat intes-
tinal contractility due to mechanisms involving modifica-
tions in the intestinal smooth muscle architecture triggered
by redox disturbances. Thus, we provide a model to under-
stand biochemical and metabolic processes involved in the
pathophysiological changes caused by the increase in caloric
intake, as well as to help to reduce the impact of the various
diseases related to it.
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Aging skeletal muscles are characterized by a progressive decline in muscle mass and muscular strength. Such muscular
dysfunctions are usually associated with structural and functional alterations of skeletal muscle mitochondria. The
senescence-accelerated mouse-prone 8 (SAMP8) model, characterized by premature aging and high degree of oxidative
stress, was used to investigate whether a combined intervention with mild physical exercise and ubiquinol supplementation
was able to improve mitochondrial function and preserve skeletal muscle health during aging. 5-month-old SAMP8 mice,
in a presarcopenia phase, have been randomly divided into 4 groups (n = 10): untreated controls and mice treated for two
months with either physical exercise (0.5 km/h, on a 5% inclination, for 30min, 5/7 days per week), ubiquinol 10 (500mg/
kg/day), or a combination of exercise and ubiquinol. Two months of physical exercise significantly increased mitochondrial
damage in the muscles of exercised mice when compared to controls. On the contrary, ubiquinol and physical exercise
combination significantly improved the overall status of the skeletal muscle, preserving mitochondrial ultrastructure and
limiting mitochondrial depolarization induced by physical exercise alone. Accordingly, combination treatment while
promoting mitochondrial biogenesis lowered autophagy and caspase 3-dependent apoptosis. In conclusion, the present
study shows that ubiquinol supplementation counteracts the deleterious effects of physical exercise-derived ROS improving
mitochondrial functionality in an oxidative stress model, such as SAMP8 in the presarcopenia phase.

1. Introduction

Aging is characterized by a progressive decline in skeletal
muscle mass and muscular strength [1–3]. In healthy people,
there is a 1% per year decline in muscle mass between 20 and
30 years of age. This decline is accelerated above 50 years of
age [4, 5]. The progressive decline in muscle mass and
strength with aging is known as sarcopenia [1, 6–8]. Sarcope-
nia is defined as a geriatric syndrome characterized by age-
related muscular loss and dysfunction that cause physical

disability, a poor quality of life, and death. The prevalence
of this pathology in adults under the age of 70 is about 25%
but increases up to 40% in 80-year-old or older people
[9, 10]. This condition can lead to decreased physical activity
increasing the risk of falls in aged individuals [11]. Under-
standing the mechanisms underneath aging-induced skeletal
muscle atrophy and promoting health and mobility in the
elderly are crucially important goals in order to develop ther-
apeutic strategies [12]. Several studies pointed towards a crit-
ical role of mitochondria and their implication in age-related
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degenerative processes, and many therapeutic attempts have
been focused on mitochondria [13]. Indeed, these organelles
play a key role in cellular bioenergetics and represent a sensi-
tive target in muscle cells [14, 15]. Moreover, metabolism of
reactive oxygen species (ROS), Ca2+ homeostasis, and apo-
ptosis are controlled by mitochondria [16]. Aging of skeletal
muscle determines the alteration of the structure and func-
tion of these organelles leading to mitochondrial dysfunc-
tion [17]. In this context, a growing body of evidence has
highlighted a major role of oxidative stress and inflamma-
tion in promoting aging of skeletal muscle [18]. Accordingly,
it has been recently reported that excessive production of
mitochondrial ROS in skeletal muscle is strongly associated
with sarcopenia and the impairment of energy homeostasis
[19]. In fact, the physiologic equilibrium between ROS pro-
duction and antioxidant defense is disrupted in aging sub-
jects, and the accumulation of ROS during mitochondrial
respiration can cause mutations in mitochondrial DNA
(mtDNA) [20] which in turn lead, through a vicious cycle,
to further impaired mitochondrial functionality. Moreover,
many studies have reported that a decline in mitochondria
content may also account for the loss of skeletal muscle mass
[18], further impairing oxidative phosphorylation and ATP
production [21, 22]. Mitochondrial biogenesis is regulated
by the expression of nuclear and mitochondrial genes,
controlled by the transcriptional coactivator peroxisome pro-
liferator gamma coactivator-1α (PGC-1α) [23]. Vainshtein
et al. [24] suggested a role of this coactivator also in the
regulation of autophagy and mitophagy in skeletal muscle.
These two are distinct but interconnected degradation pro-
cesses aimed at eliminating damaged cellular components
in response to stress stimuli. Both mitophagy and autophagy
are regulated by autophagy-related genes (Atgs) including
Beclin-1 and LC3 [25].

During aging, skeletal muscle fibers gradually lose the
capability to remove dysfunctional mitochondria [13]. This
condition could further impair mitochondrial respiration
and enhance ROS production [26] contributing to the onset
of sarcopenia. Previous studies suggested that an appropriate
physical activity regimen can counterbalance age-associated
muscular deficits by promoting mitochondrial biogenesis
[27–29]. Exercise training has been reported to modulate
skeletal muscle metabolism, regulating intracellular signaling
pathways and thus mediating mitochondrial homeostasis
[30, 31]. However, some authors raised doubts regarding
the beneficial role of exercise in the elderly, claiming that
physical activity-dependent ROS production could exacer-
bate oxidative damage inside aged skeletal muscles [32–34].
In this scenario, association of physical activity with antioxi-
dant therapies might be an effective strategy to prevent the
adverse effects of exercise in the elderly. Coenzyme Q10 rep-
resents a valuable candidate for oxidative stress prevention
and for supporting muscle functionality [35–39]. Coenzyme
Q (CoQ) consists of a quinone head which, in mammalian
cells, is attached to a chain of 9 (CoQ9) or 10 isoprene units
CoQ10 [40]. In human tissues, the most abundant form
is coenzyme Q10, while in mice and rats it is coenzyme
Q9, although CoQ10 represents a significant proportion of
total CoQ and its level is able to increase following oral

supplementation [41–46]. As part of the mitochondrial elec-
tron transport chain (ETC), CoQ actively participates in oxi-
dative phosphorylation and plays a key role in energy and
redox state balance [47]. In addition, CoQ has been found
in other subcellular localizations and in circulating plasma
lipoproteins, where it acts as an endogenous lipophilic anti-
oxidant in synergism with vitamin E [48]. Endogenous
CoQ10 synthesis, the principal source of CoQ [49], has been
shown to significantly decrease during aging and in certain
degenerative diseases [50, 51], thus triggering cellular dys-
functionality. These evidences underlie the rationale for
CoQ use in clinical practice and as a food supplement. CoQ
exists in three states of oxidation: ubiquinone (CoQ), the
fully oxidized form; ubisemiquinone (CoQH.), the partially
reduced form; and ubiquinol (CoQH2), the fully reduced
form. In particular, the CoQH2 form has several advantages
being more bioavailable and readily usable by the organism
not requiring reductive steps [52]. This is of particular rele-
vance in conditions when reductive systems might be less
efficient such as during aging or following intense physical
exercise. Here, we investigated the effect of a combined
approach of mild physical exercise and ubiquinol supple-
mentation on the senescence-accelerated mouse-prone 8
(SAMP8) model in a presarcopenia phase [53, 54]. SAMP
strains derived from AKR/J series [55] show senescence
acceleration and age-related pathological phenotypes, similar
to aging disorders seen in humans. In particular, we focused
on SAMP8 mice since they exhibit the most striking features
among SAMP strains in terms of life span, fast aging progres-
sion due to high oxidative stress status [56, 57], dramatic
decrease in muscle mass and contractility [58, 59], and a huge
reduction in type II muscle fiber size [60, 61]. The aim of
this study is to develop prevention strategies able to preserve
skeletal muscle health during aging by maintaining mito-
chondrial function through regular physical exercise and
antioxidant supplementation using a senescence-accelerated
mouse-prone model (SAMP8).

2. Materials and Methods

2.1. SAMP8 Housing and Treatment. Senescence-accelerated
mice (SAMP8, Harlan) [58, 59, 62], aged 5 months, have
been randomly divided into 4 groups (n = 10) as summarized
hereafter: untreated controls (SED), trained (PHY), ubiqui-
nol 10-administered (QH2), and both trained and ubiquinol
10-supplemented (QH2 +PHY). The PHY and QH2 +PHY
groups underwent treadmill running at 0.5 km/h, on a 5%
inclination, for 30min, 5 days per week, for 2 months up to
7 months of age [63, 64] (Figure 1). The QH2 and QH2
+PHY groups were supplemented with ubiquinol 10
(Kaneka) (500mg/kg body weight/day in sunflower seed
oil) via oral administration. Such QH2 formulation was pre-
viously prepared and stored at −80°C in 500 μL aliquots to
avoid repeated freezing-thawing cycles. An aliquot was
thawed daily in a water bath at 60°C in the dark just prior
to administration. An equal amount of sunflower seed oil
was given to SED and PHY mouse groups. The animals were
bred and housed under controlled temperature (20°C) and a
circadian cycle (12-hour light/12-hour dark). The animals
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were fed on chow diet and water ad libitum. Male mice were
used for all experiments. The animal procedures followed
the 2010/63/EU directive on the protection of animals used
for scientific purposes and were approved by the Ethic Com-
mittee on Animal Use of the University of Camerino (proto-
col number 14/2012).

2.2. Tissue Collection and Analysis. Mice were rapidly sacri-
ficed by isoflurane inhalation followed by cervical disloca-
tion, two days after the last exercise/administration session,
to avoid possible metabolic effects of the last exercise/
administration bout. Gastrocnemius (GA), tibialis anterior
(TA), soleus (SO) muscle, and cardiac muscle were carefully
excised. GA samples were either immediately used for flow
cytometry (FACS) analysis or preserved in liquid nitrogen
for mtDNA quantification or mRNA extraction. TA and
cardiac muscles were used for CoQ9 and CoQ10 (total and
oxidized form) quantification. TA muscles were used also
for protein extraction and Western blot analysis, while SO
samples were fixed in 3% glutaraldehyde for 4 hours, to be
analyzed for fiber morphology, number, and ultrastructure
of mitochondria by electron microscopy. Other tissues
including liver, spleen, and kidneys were recovered for even-
tual future applications and preserved at −80°C.

2.3. Coenzyme Q9 and Q10 Extraction and Quantification. TA
and cardiac muscles were mechanically homogenized (two
bouts at 30Hz for 5min) in propanol (Sigma) using 7mm
steel beads (Qiagen) and TissueLyser II (Qiagen). After cen-
trifugation (2min at 20,000 g, 4°C), 40μL of the supernatant
was injected into a high-performance liquid chromatography
(HPLC) apparatus with an electrochemical detector (ECD),
model 3016 by Shiseido Co. Ltd, to measure total coenzymes
Q9 and Q10 and Q9 oxidative status. The mobile phase was
50mM sodium perchlorate in methanol/distilled water (95/
5 v/v) with a flow rate of 0.2mL/min. Using a column-
switching system, coenzymes were eluted from the concen-
trating column by mobile phase 2, 50mM sodium perchlo-
rate in methanol/isopropanol (70/30 v/v) with a flow rate of
0.08mL/min. The column oven was set at 40°C. Pumps one
and two of model 3001, autosampler model 3033, and switch
valve model 3012; concentration column CQC (C8 DD;
10mm× 4.0mm ID); and separation column CQS (C18
AQ; 150mm× 2.0mm ID, particle size at 3μm diameter)
were used, all from Shiseido Co. Ltd. A peculiarity of the

system was the use of a postseparation reduction column
(Shiseido CQR) capable of fully reducing the peak of ubiqui-
none. CoQ9 and CoQ10 standard solutions were previously
prepared in ethanol and stored at −80°C. The oxidation
potential for ECD was 650mV. TA and cardiac muscle con-
tents of CoQ9 and CoQ10 were expressed as μg/g muscle and
the oxidized form as percentage of total CoQ9.

2.4. Electron Microscope Analysis. Control and treated SO
samples were washed and immediately fixed with 2.5% glu-
taraldehyde in 0.1M phosphate buffer for 1 hour, postfixed
with 1% of osmium tetroxide (OsO4) in the same buffer for
2 hours, and embedded in araldite, as previously reported
[65, 66]. The sections were collected on 400-mesh nickel
grids, stained with uranyl acetate, lead citrate and finally ana-
lyzed with an electron microscope at 80 kV.

2.5. Flow Cytometry Analysis

2.5.1. Skeletal Muscle Dissociation. GA muscles were dissoci-
ated into single-cell suspensions using a skeletal muscle disso-
ciation kit (Miltenyi Biotec) according to the manufacturer’s
instructions. Mechanical disaggregation was performed via
gentleMACS Dissociator using the m_muscle_01 program
(Miltenyi Biotec).

2.5.2. Cell Viability and Cell Count. Cell viability and cell
count of the obtained single-cell suspensions were evalu-
ated using Guava ViaCount® Reagent Kit (Millipore) that
discriminates among viable, apoptotic, and dead cells. Briefly,
the assay exploits a mixture of cell membrane-permeable
(red) and cell membrane-impermeable (yellow) DNA-
binding fluorescent probes, diluted 1 : 10 in PBS, and used
to stain cells immediately before reading. Cells were incu-
bated with reagent for 5min in the dark, and the analysis of
the distribution allows the discrimination of the percentage
of cell debris (R−/Y−), live cells (R+/Y−), and dead cells
(R+/Y+) with Guava ViaCount software using a Guava easy-
Cyte™ flow cytometer (Millipore).

2.5.3. Mitochondrial Membrane Depolarization. Mitochon-
drial membrane depolarization was measured by incubating
2.5× 105 viable muscle cells with MitoProbe™ DiIC1(5) (Life
Technologies) (40 nM final concentration) at 37°C for 20min
in the dark. During the experimental setup, a suspension
of control cells, before staining, was incubated with 1 μL
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Figure 1: Scheme of SAMP8 mouse study.
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of carbonyl cyanide 3-chlorophenylhydrazone (CCCP)
50mM for 5min at 37°C in the dark. After washing with
phosphate-buffered saline (PBS), cells were centrifuged at
300 g for 5min at room temperature and finally resuspended
in PBS and analyzed using the Guava easyCyte™ flow cyt-
ometer (Millipore), equipped with a red laser at 633nm.
Using the Guava InCyte software, a gate relative to cells con-
taining depolarized mitochondria was arbitrarily set using as
a reference CCCP-treated cells assuming that in this condi-
tion 90% of the cells contained depolarized mitochondria.
This gate was subsequently used for all further analyses.

2.6. Mitochondrial DNA (mtDNA) Quantification. To assess
mtDNA content, DNA was extracted from GA muscle using
QIAamp DNAMini kit (Qiagen) and then used for quantita-
tive real-time PCR (qRT-PCR) on the StepOne Plus system
(Applied Biosystems). The 36B4 gene was used as a nuclear
DNA (nDNA) marker while the COX1 gene was used for
mtDNA. The primers used are summarized in Table 1.
Briefly, 10 ng of DNA was amplified using 1x SYBR Select
Master Mix (Applied Biosystems), using the following proto-
col: 10min denaturation at 95°C, followed by 45 cycles (95°C
for 15 sec, 60°C for 15 sec, and 72°C for 30 sec) and melting
curve (95°C for 15 sec, 60°C for 30 sec, and 95°C for 15 sec).
Relative copy number quantification was carried out using
the ΔΔCt method.

2.7. Western Blot Assay. TA muscle samples were mechani-
cally homogenized in RIPA buffer (0.1% SDS, 1% NP40,
and 0.5% CHAPS) supplemented with protease inhibitors
aprotinin, sodium orthovanadate, and phenylmethylsulfonyl
fluoride (Sigma-Aldrich). Lysates were incubated on ice for
30min and then centrifuged at 16.000 g, 4°C, for 20min.

The supernatant was collected, quantified via Bradford
method (Bio-Rad), and stored in aliquots at −80°C to avoid
repeated freezing-thawing cycles. For Western blot analysis,
an equal amount of protein lysates (20–40μg depending on
the protein assayed) were separated onto Criterion™ TGX™
precast gels (Bio-Rad) and transferred to a polyvinylidene
difluoride (PVDF) membrane (Millipore) using Criterion™
Blotter (Bio-Rad). Membranes were blocked with 5% BSA-
TBS-T and then overnight incubated with primary antibod-
ies at 4°C. Secondary antibody binding was performed at
RT for 1 hour. After TBS-T washing, immunoreactive bands
were incubated with enhanced chemiluminescent reagent
(EuroClone) and detected via ChemiDoc™ XRS+ System
(Bio-Rad). Densitometry analysis was accomplished through
ImageJ software using H2B (nuclear), VDAC1 (mitochon-
drial), and β-actin (total) as protein normalizers. The results
are representative of at least three independent experiments.
The antibodies used are listed in Table 2.

2.8. Gene Expression Analysis. Total RNA was extracted
from GA muscles. RNA purification was performed using
the E.Z.N.A.® Total RNA Kit I (Omega Bio-tek) according
to the manufacturer’s instructions, and contaminant DNA
was digested with DNase I enzyme (Ambion). cDNA was
synthesized using the Maxima Reverse Transcriptase kit
(Thermo Fisher Scientific). Real-time PCR amplifications
were conducted using SensiFAST SYBR Green (Bioline)
according to the manufacturer’s instructions, with 300nM
primers and two μL of cDNA (20μL final reaction volume).
Specific primers used are listed in Table 3.

Thermocycling was conducted using LightCycler 480
(Roche) initiated by a 2min incubation at 95°C, followed

Table 1: pRT-PCR primers for nDNA and mtDNA.

Target Primer sequence_forward Primer sequence_reverse

36B4 5′-CGACCTGGAAGTCCAACTAC-3′ 5′-ATCTGCTGCATCTGCTTG-3′
COX1 5′-TCTACTATTCGGAGCCTGAGC-3′ 5′-CAAAAGCATGGGCAGTTACG-3′

Table 2: Summary of used antibodies.

Primary antibodies

Antigen Antibody Dilution Brand

PGC-1α Mouse monoclonal anti-PGC-1α 1 : 1000 Millipore

TFAM Rabbit monoclonal anti-TFAM 1 : 2000 Abcam

VDAC1 Mouse monoclonal anti-VDAC1 1 : 1000 Abcam

H2B Rabbit polyclonal anti-H2B 1 : 1000 Abcam

β-Actin Mouse monoclonal anti-β-actin 1 : 1000 Cell Signaling Technology

Caspase 3 Rabbit polyclonal anti-caspase 3 1 : 1000 Cell Signaling Technology

Cleaved caspase 3 Rabbit polyclonal anti-cleaved caspase 3 (Asp175) 1 : 1000 Cell Signaling Technology

SIRT5 Rabbit monoclonal anti-SIRT5 1 : 1000 Cell Signaling Technology

Secondary antibodies

Antibody Dilution Brand

HRP-conjugated goat anti-mouse IgG (H&L) 1 : 3000 Calbiochem

HRP-conjugated goat anti-rabbit IgG (H&L) 1 : 20000 Sigma-Aldrich
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by 40 cycles (95°C for 5 sec, 60°C for 5 sec, and 72°C for
10 sec) with a single fluorescent reading taken at the end
of each cycle. Each reaction was conducted in triplicate
and completed with a melting curve analysis to confirm
the specificity of amplification and lack of primer dimers.
Quantification was performed according to the ΔCq method,
and the expression levels of GAPDH and S16 were used as
a reference [67].

3. Statistical Analysis

Data are presented as mean ± SEM. All statistical analyses
were performed using GraphPad Prism® 6.0 software.
Unpaired two-tailed t-test was employed when 2 groups were
compared and ANOVA for comparison between three or
more groups. Two-way ANOVA with Bonferroni correction
for multiple comparisons was used when 3 or more groups
were compared over time. The GraphPad Prism routine for
outlier identification was used to identify any out-of-range
values to be excluded from the statistical analysis.

4. Results

4.1. Combination of Physical Activity and Ubiquinol
Supplementation Increases Q9 and Q10 Content in Cardiac
Muscles and Lowers the Oxidation of Endogenous Coenzyme
Q9. Total coenzyme Q9 and Q10 (CoQ9 and CoQ10) levels

and oxidative status of coenzyme Q9 were quantified by an
HPLC-ECD instrument on skeletal and cardiac muscles.
The results were normalized on muscle weight and expressed
as μg/g of muscle. Coenzyme Q levels were very different
between skeletal and cardiac muscles, the latter showing
remarkably higher levels of both coenzymes (Figure 2). After
ubiquinol and physical exercise (QH2+PHY) treatment,
both coenzymes were significantly increased in the cardiac
tissue, in particular +23% CoQ9 (p = 0 05, Figure 2(a))
and +27% CoQ10 (p = 0 03, Figure 2(b)) with respect to the
sedentary group.

To evaluate the effect of exogenous CoQ supplementa-
tion on the oxidative status of endogenous coenzyme Q9, its
oxidized form was measured as well. As shown in Figure 3,
skeletal muscle is characterized by a higher extent of oxida-
tion (on average 95% of Q9 is oxidized) compared to cardiac
muscle (35% of oxidized Q9). Ubiquinol supplementation
alone was not able to lower the oxidation of endogenous
muscular CoQ. On the contrary, a significant decrease of
oxidized coenzyme Q9 was observed in skeletal muscle after
regular physical exercise alone or in combination with
ubiquinol supplementation (Figure 3, −4.7%, p = 0 009, and
−3.6%, p = 0 03, respectively).

4.2. Physical Exercise Alone or in Combination with
Ubiquinol Administration Stimulates Muscle Hypertrophy in
SAMP8 Mice. To evaluate the impact of the different

Table 3: Summary of used primers for Beclin, Atg12, Bnip3l, Atrogin, and GAPDH.

Target Primer sequence_forward Primer sequence_reverse

Beclin 5′-TGAATGAGGATGACAGTGAGCA-3′ 5′-CACCTGGTTCTCCACACTCTTG-3′
Atg12 5′-TCCGTGCCATCACATACACA-3′ 5′-TAAGACTGCTGTGGGGCTGA-3′
Bnip3l 5′-TTGGGGCATTTTACTAACCTTG-3′ 5′-TGCAGGTGACTGGTGGTACTAA-3′
Atrogin 5′-GCAAACACTGCCACATTCTCTC-3′ 5′-CTTGAGGGGAAAGTGAGACG-3′
GAPDH 5′-TCAACGGCACAGTCAAGG-3′ 5′-ACTCCACGACATACTCAGC-3′
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Figure 2: Total coenzymeQ9 (a) and Q10 (b) levels in cardiac and tibialis anteriormuscles, expressed as μg coenzyme/g of muscle in sedentary
(SED), physical exercise (PHY), ubiquinol (QH2), and ubiquinol associated with physical exercise (QH2 + PHY) mouse groups (n = 10).
∗p < 0 05; a = vs. SED.

5Oxidative Medicine and Cellular Longevity



treatments on muscle fiber atrophy/hypertrophy, fiber diam-
eter was measured for each experimental condition. Morpho-
metrical analyses of fiber diameter revealed a gradual
increase in the ubiquinol (QH2), ubiquinol and exercise
(QH2 +PHY), and exercise (PHY) groups, with the PHY
fibers having the largest average diameter (+33% compared
to the SED group, p = 0 0009, Figures 4(a) and 4(b)). Ubiqui-
nol treatment alone did not produce any significant variation
in fiber size, nor was it able to outweigh the effect of physical
exercise alone (+23%; p = 0 02). These data suggest that
physical exercise alone or in combination with ubiquinol is
able to induce muscle fiber hypertrophy.

4.3. Ubiquinol Supplementation Is Able to Improve
Mitochondrial Structure and Morphology Counteracting
Physical Activity-Induced Mitochondrial Depolarization.
Mitochondrial ultrastructure was evaluated in skeletal muscle
by transmission electronmicroscopy (TEM), and at functional
level, mitochondrial membrane potential was evaluated in
dissociated skeletal muscle cells by flow cytometry using a
Nernstian fluorescent probe. As shown in Figure 5(a), in the
SED experimental group, mitochondria appeared rounded or
elongated, strongly damaged with rather dilated and disorga-
nized cristae. Strikingly, muscle mitochondria of the PHY
group appeared even more compromised presenting typical
matrix swelling and poorly organized or absent cristae.
On the contrary, mitochondria from mice supplemented
with 500mg/kg BW/day of ubiquinol alone (QH2) or in
association with physical exercise (QH2+PHY) appear
slightly smaller but with well-preserved cristae. Mitochon-
drial membrane potential analysis (Figures 5(b) and 5(c))
confirmed that the altered mitochondrial ultrastructure
observed in the PHY group was associated with signifi-
cantly increased mitochondrial depolarization (+20% cells
with depolarized mitochondria vs. SED group, p = 0 03,
Figure 5(c)), suggesting that exercise might account for a

bioenergetics impairment in aged muscles of 7-month-old
SAMP8 mice. Notably, this increase was significantly coun-
teracted following ubiquinol supplementation in association
with regular physical exercise (QH2+PHY) (−12.7%, p =
0 01), while QH2 alone was not able to decrease the basal
level of depolarized cells which was similar to sedentary mice.
These data suggest that ubiquinol supplementation in combi-
nation with regular physical exercise prevents exercise-
dependent mitochondrial dysfunctions.

4.4. Combination of Physical Exercise and Ubiquinol
Promotes Mitochondrial Biogenesis in the Muscles of the
QH2+PHY Group. Mitochondrial DNA content and PGC-
1α, Tfam, and SIRT5 protein levels of TA muscles were ana-
lyzed to evaluate the mitochondrial biogenesis. Notably,
QH2+PHY treatment was not only able to preserve mito-
chondrial morphology and functionality (Figure 5) but also
capable of modulating mitochondrial biogenesis. In particu-
lar, a significantly higher mtDNA copy number was detected
in the QH2+PHY group compared to the two treatments
alone (QH2+PHY vs. PHY, 1.35-fold change, p = 0 03, and
QH2+PHY vs. QH2, 1.41-fold change, p = 0 01, Figure 6).
Moreover, the combined treatment promoted a highly signif-
icant increase in the expression of proteins involved in mito-
chondrial biogenesis, such as PGC-1α (+284.9%, p < 0 0001)
and SIRT5 (+39.5%, p = 0 02), compared to sedentary mice
(Figure 7). Regular physical exercise in association with ubi-
quinol supplementation was also able to increase the expres-
sion levels of TFAM although not in a significant manner. On
the contrary, individual treatments, both physical exercise
and ubiquinol supplementation, did not induce any changes
in these markers, with the exception of a significant downreg-
ulation of SIRT5 in the trained mice.

4.5. Combination of Ubiquinol and Physical Exercise
Thwarts Activation of Autophagy/Mitophagy Signals and
Lowers Caspase 3-Dependent Apoptosis in the Muscles of
QH2+PHY Mice. To assess whether the different treatments
impacted muscular autophagy/mitophagy, we analyzed the
mRNA expression (Figure 8) of Beclin-1 (a), Atrogin-1 (b),
Atg12 (c), and Bnip3l (d) genes encoding key players
involved in both these degradation processes. The associa-
tion of ubiquinol supplementation and physical exercise pro-
duced a significant decrease in the mRNA expression of
Beclin-1 (−1.96-fold, p = 0 005), Atg12 (−3.34-fold, p =
0 003), and Bnip3l (−4.1-fold, p = 0 004) if compared to the
PHY group. Atrogin-1 expression decreased significantly
only compared to sedentary mice (p = 0 04). Ubiquinol sup-
plementation alone was able to induce a significant decrease
only for Bnip3l mRNA expression to a similar extent to the
combined treatment of ubiquinol and physical exercise
(−3.7-fold, p = 0 009). To determine whether apoptosis
was also modulated, cleaved caspase 3 level was also exam-
ined via Western blot assay (Figure 9). Notably, despite
that all the treatments were able to significantly decrease cas-
pase 3-dependent apoptosis with respect to SED controls,
QH2+PHY combination triggered the most pronounced
antiapoptotic effect in PHY (−76.9%), QH2 (−82.6%), and
QH2+PHY (−96.9%) mouse groups, respectively, compared
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Figure 5: (a) TEM analysis of mitochondrial ultrastructure of soleus muscle (SED, bar = 200 nm; inset SED, bar = 500 nm; PHY, bar = 1μm;
QH2, bar = 500 nm; and QH2+ PHY, inset, and QH2 +PHY, bar = 500 nm). (b) Mitochondrial membrane depolarization expressed as Red2
Fluorescent (RED2-HLog). (c) Percentage of depolarized cells of gastrocnemius muscle, respectively, in sedentary (black histogram; SED),
physical exercise (light grey histogram; PHY), ubiquinol (dark grey histogram; QH2), and ubiquinol associated with physical exercise
(dark grey histogram; QH2 +PHY) mouse groups (n = 10). Dashed histogram (b) represents sample control treated with CCCP ∗p < 0 05
and ∗∗p < 0 01; (A) = vs. SED and (B) = vs. PHY.

7Oxidative Medicine and Cellular Longevity



to SED (p < 0 0001, Figures 9(a) and 9(b)). Overall, these data
suggest that QH2+PHY combination successfully lowers the
expression of autophagy/mitophagy-associated genes and
prevents apoptotic cell death inside the aging muscles.

5. Discussion

In the present study, senescence-accelerated prone 8
(SAMP8) mice, characterized by premature aging and high
degree of oxidative stress [68], were used to investigate if a
combined approach of mild physical exercise and ubiquinol
(CoQH2) supplementation was able to improve mitochon-
drial function and preserve skeletal muscle health during
aging. In our experimental settings, SAMP8 mice were
treated with ubiquinol, physical exercise, and a combination
of both for two months starting in the presarcopenia phase
(5 months) until sarcopenia onset (7 months) [53]. As
expected, the skeletal muscle of 7-month-old SEDmice (used
as control) presented high oxidative stress, damaged mito-
chondria, high extent of apoptosis, and mitophagy. While
ubiquinol or physical exercise alone was able only to partially
rescue these impairments, the combination of ubiquinol and
physical exercise significantly improved the overall structural
and functional status of the skeletal muscle. Skeletal muscle
senescence is associated with decreased muscle mass and
mitochondrial dysfunction, and the excessive production of
mitochondrial ROS seems to strongly associate with the dis-
ruption of mitochondrial energy metabolism [19]. In this
context, physical exercise has been proposed as a strategy to
stimulate mitochondrial respiration and biogenesis counter-
acting muscle decline in older subjects [27, 28]. Nonetheless,
some studies have shown that ROS production could indeed
exacerbate the oxidative stress in senescent muscle, which is
characterized by a severely impaired antioxidant response
[32–34, 69]. For these reasons, the association of mild reg-
ular physical activity and antioxidant therapies could be a
powerful strategy to minimize the adverse effects of exercise
during aging. In particular, coenzyme Q in its reduced and

active form (ubiquinol), being a key player both in the
mitochondrial electron transport chain and in the antioxi-
dant response in biological membranes [48], may represent
an ideal candidate in improving oxidative status and func-
tionality of the senescent muscle.

CoQ10 level correlates to high rates of metabolism, and
for this reason, it is highest in organs such as the heart, kid-
ney, and liver (114, 66.5, and 54.9 g/g tissue, respectively)
[70], probably due to the large amounts of mitochondria
where it is acting as an energy transfer molecule. In fact,
coenzyme Q was first isolated from beef heart mitochondria,
in 1957 [71].

Accordingly, at 7 months of age, skeletal muscle con-
tent of endogenous CoQ9 was significantly lower and more
oxidized in comparison to cardiac muscle. Oral ubiquinol
supplementation (500mg/kg body weight/day) alone was
unable to increase skeletal and cardiac muscle CoQ content
and only the association of ubiquinol supplementation and
mild treadmill running significantly increased the amount
of both coenzymes in the cardiac muscle but not in the skel-
etal muscle. Increase of both coenzymes (endogenous CoQ9
and dietary absorbed CoQ10) in the heart suggests a higher
biosynthesis rate that could be related to different mitochon-
drial requirements triggering both biosynthesis and incorpo-
ration. In the skeletal muscle, these changes that could be
required for efficient tissue incorporation seem to occur at a
much lower extent or might be less evident due to a lower
mitochondrial content. Accordingly, Ernster and Dallner
have previously shown that feeding rats with a comparable
dosage of oxidized CoQ10 significantly increased its plasma
content, while tissue CoQ10 accumulation was very moderate
and variable in different tissues/organs [47]. In particular,
skeletal muscle seems to have a very low ability to incorpo-
rate CoQ. However, Sohal and Forster showed that CoQ10
dietary supplementation in rodents was able to change the
subcellular localization of CoQ, increasing the mitochondrial
content of both coenzymes in various mitochondria-rich tis-
sues, such as liver, heart, and skeletal muscle [72]. In another
study, the same authors confirmed that skeletal muscle
increase in CoQ10 following supplementation was the lowest
in all analyzed tissues [73]. In the present study, we verified
that the use of orally administered reduced CoQ10 did not
provide any significant improvement in tissue uptake, show-
ing results in line with previous reports where ubiquinone
was used as active substance. This is a relevant observation
since ubiquinol has been proposed as a more bioavailable
form of Coenzyme Q10; nonetheless, in the proposed experi-
mental condition, the oxidative state of ubiquinol does not
seem to provide any significant improvement in terms of
tissue uptake.

Taken together, these data suggest that ubiquinol dietary
supplementation alone might not be enough to produce its
cellular accumulation, but additional stimuli, such as physi-
cal activity and mitochondrial biogenesis, could improve ubi-
quinol incorporation [74]. Indeed, we reported that physical
exercise could therefore act as a trigger for CoQ accumula-
tion or rearrangement at the subcellular level. This effect
was particularly evident in mitochondria-rich cardiac mus-
cle, resulting in a significant increase in the overall cellular
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nuclear DNA (mtDNA/nDNA) measured on gastrocnemius
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PHY) mouse groups (n = 10). ∗p < 0 05; (b) = vs. PHY and
c = vs. QH2.

8 Oxidative Medicine and Cellular Longevity



PGC-1𝛼

H2B

TFAM

SIRT5

VDAC1

SED PHY QH2 QH2 + PHY

(a)
Re

lat
iv

e p
ro

te
in

 le
ve

l (
AU

)

PGC-1𝛼 TFAM SIRT5
0

1

2

3

4

SED
PHY

QH2
QH2 + PHY

abc⁎⁎⁎⁎

ac⁎b⁎⁎

a⁎

(b)

Figure 7: Western blot analysis (a) and relative protein quantification (b) of PGC-1α, TFAM, and SIRT5 expressed in tibialis anterior (TA)
muscle, in sedentary (SED), physical exercise (PHY), ubiquinol (QH2), and ubiquinol associated with physical exercise (QH2 +PHY) mouse
groups (n = 5). PGC-1α protein levels were normalized to H2B levels. TFAM and SIRT5 were normalized to VDAC1 levels. AU: arbitrary
units. ∗p < 0 05, ∗∗p < 0 01, and ∗∗∗∗p < 0 0001; (a) = vs. SED, (b) = vs. PHY, and (c) = vs. QH2.

Be
cli

n-
1 

(fo
ld

 ch
an

ge
)

b⁎⁎c⁎

0.1

1

10

SED PHY QH2 QH2 + PHY

(a)

At
ro

gi
n-

1 
(fo

ld
 ch

an
ge

)

0.1

1

10

a⁎

SED PHY QH2 QH2 + PHY

(b)

At
g1

2 
(fo

ld
 ch

an
ge

)

SED PHY QH2 QH2 + PHY

b⁎⁎

0.01

0.1

1

10

(c)

SED PHY QH2 QH2 + PHY

Bn
ip

3I
 (f

ol
d 

ch
an

ge
)

0.01

0.1

1

10

b⁎⁎b⁎⁎

(d)

Figure 8: Gene expression (mRNA) expressed as fold change of genes Beclin (a), Atrogin (b), Atg12, (c) and Bnip3l (d) measured on
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content. Moreover, even if we did not observe a significant
CoQ accumulation in the skeletal muscle, we observed func-
tional modifications at mitochondrial and cellular levels sug-
gesting CoQ activity without accumulation in this tissue.

We focused our investigation on skeletal muscle con-
sidering its primary involvement in physical exercise. In
the SAMP8 model, physical exercise alone produces het-
erogeneous responses at the cellular level. On the one
hand, it had a clear ergogenic effect being able to promote
an increase in skeletal muscle fiber size and to improve the
oxidative status of endogenous coenzyme Q9. Accordingly,
observational and intervention studies have demonstrated
that physical exercise has a positive effect on muscle mass,
muscle strength, and physical function in the older popula-
tion [1, 2, 75, 76]. However, physical exercise also induced
mitochondrial disturbances in terms of membrane depolari-
zation. This result could be due to a reduced antioxidant
activity [68] and to an intrinsic impairment of the electron
transport chain [77]. Both conditions characterizing the pre-
senescent SAMP8 mice might be further exacerbated by
physical exercise in our experimental settings.

Notably, the combined treatment was able to counteract
the mitochondrial impairment induced by physical exercise
alone and also increased the mitochondrial number assessed
as mtDNA/nDNA ratio. These data are confirmed by the
analysis of PGC-1α muscle protein level, a key protein
involved in the control of mitochondrial biogenesis, oxida-
tive metabolism, and autophagy [23, 78, 79] which was
significantly increased after 2 months of regular physical
exercise associated with ubiquinol supplementation. Several
studies reported that induction of PGC-1α, NRF-1, and Tfam
expression [80–82] during physical exercise is triggered by
oxidative stimuli [83]. On the contrary, aging-derived oxida-
tive stress does not produce similar effects altering PGC-1α
expression through different mechanisms [63].

Moreover, in our experimental model, increased fiber
diameter in trained animals was not associated with a par-
allel increase in mtDNA copy number after 2 months of
physical exercise, confirming that muscle hypertrophy was
not linked with enhanced mitochondrial biogenesis.

Shrinkage of the mitochondrial pool is a feature typical of
the senescence process, and it is characterized by decreased
enzymatic activity and level of mitochondrial proteins [21,
84, 85] as well as low mtDNA content [63, 86]. In this
regard, it is remarkable that PGC-1α upregulation was asso-
ciated with a concomitant increase in mtDNA copy number
only in skeletal muscle of QH2+PHY mice and not in mice
subjected to single interventions.

Moreover, SIRT5, which has been recently found to pro-
tect mitochondria from fragmentation and degradation, by
supporting mitochondrial elongation [87], was significantly
increased following 2 months of ubiquinol supplementation
and regular physical exercise, further supporting a positive
effect of the QH2+PHY combined treatment that could sug-
gest improvement in mitochondria biogenesis.

Intriguingly, despite the improvements in the mito-
chondrial pool and the functionality observed in the QH2
+PHY group, an increase in muscle fiber size was produced
by physical exercise alone and to a lower extent by the
combination treatment. Indeed, muscle mass depends on
different factors other than mitochondrial biogenesis, such
as the balance between protein synthesis and degradation.
van Wessel et al. described how high oxidative fibers are
small in size, despite their high capacity for protein synthe-
sis if compared to low oxidative fibers [88]. The authors
suggest that cellular energy status may be crucial in mediat-
ing either a low oxidative phenotype and a large size or a
high oxidative phenotype but a small size. They also suggest
that oxidative fibers have a higher rate of muscle protein
degradation in the presence of low cellular energy or high
oxidative stress status, a condition similar to our experi-
mental model.

During aging, senescent cells respond to a wide range
of damaging stimuli produced by the accumulation of dys-
functional proteins and organelles, among which mito-
chondria play a pivotal role due to their bivalent role as
source, target of ROS, and master regulator of programmed
cell death processes. Throughout evolution, cells developed
strategies like autophagy, mitophagy, and apoptosis to
manage these constraints. These tightly regulated and
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Figure 9: Immunoblot image (a) and relative protein quantification normalized to β-actin (b) of caspase 3 and cleaved caspase 3, measured
on tibialis anterior muscle in sedentary (SED), physical exercise (PHY), ubiquinol (QH2), and ubiquinol associated with physical exercise
(QH2 +PHY) mouse groups (n = 5). ∗∗∗∗p < 0 0001; (a) = vs. SED.
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interconnected processes are of pivotal importance also in
the maintenance muscle homeostasis, which is dysregulated
during aging and sarcopenia [89, 90]. In this context, ROS
originating from mitochondria have been reported to acti-
vate both autophagy machinery [91] and caspase-
dependent apoptosis [92].

In this regard, the combined treatment with ubiquinol
and physical exercise not only ameliorated muscle oxidative
stress and bioenergetics but also associated with a decreased
expression of autophagy/mitophagy-associated genes, such
as Bnip3l, Atg12, and Beclin-1 known to promote mito-
chondrial fragmentation and mitophagy and autophago-
some formation [93, 94].

Finally, the combined treatment was also able to prevent
caspase 3-dependent apoptosis. Since caspase cleavage cas-
cade is a readout of mitochondria-associated apoptotic cell
death [95–97], these data strengthen the positive impact of
QH2+PHY combination on mitochondria. Furthermore,
previous studies have shown that cytochrome c release from
mitochondria activates caspase 3 that in turn cleaves respira-
tory complex proteins exacerbating mitochondrial dysfunc-
tion increasing ROS production [92]. The loss of muscle
mass, caused by an imbalance between muscle protein syn-
thesis (MPS) and muscle protein breakdown (MPB) [98]
and consequently decline in strength, can also be due to
increased activity of the ubiquitin proteasome pathway
(UPP), which is also responsible for mitochondrial protein
quality control. Our data, showing a decrease in Atrogin-1
expression and myogenin (MyoG) protein level (supplemen-
tary material (available here)) and highlighting a potential
effect of the combined treatment, suggest also a possible
downregulation of UPP proteolytic pathway, which might
concur to muscle health preservation [99].

Taking into consideration the limitations of this study,
associated to the fact that we did not take into account
muscle fiber type composition and we did not measure
the actual intramuscular ROS levels, overall in this context,
our data demonstrate that ubiquinol might directly pre-
vent cell death by acting both as mitochondrial nutrient
and as ROS scavenger.

6. Conclusion

In conclusion, the present study shows that ubiquinol
supplementation and physical exercise synergize at improv-
ing mitochondrial functionality, counteracting the deleteri-
ous effects of physical exercise-induced ROS in the muscles
of a SAMP8 mouse model. These results suggest that ubiqui-
nol could be a powerful dietary supplement in sports nutri-
tion and in particular in the elderly. The use of antioxidants
in sports practice is still a debated topic, because it was
demonstrated that some of these molecules are able to turn
off the hormetic signals generated by physical exercise. How-
ever, antioxidant compounds represent a very heterogeneous
family of molecules with different targets and cellular
tropism so that evidences reported for some of them
should not be simply extended to all molecules with sim-
ilar activities. Moreover, data available in the scientific liter-
ature referring to a quenching effect of antioxidants on

adaptive response commonly refer to trained healthy
subjects. Our study shows that ubiquinol, while reducing
harmful effects generated by physical exercise, improves
exercise-induced hormetic response in a model character-
ized by elevated oxidative stress and prone to premature
aging such as SAMP8 mice.
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Immunoblot image and relative protein quantification of
myogenin (MyoG) normalized to H2B (Figure 10) were
measured on tibialis anterior muscle of all mouse groups.
The results showed how ubiquinol supplementation, in
association with physical exercise (QH2+PHY mouse
group), was significantly (∗p < 0 05) able to prevent the
increase in MyoG protein level induced after physical
exercise alone (PHY mouse group). These data highlight a
protective role of ubiquinol towards the deleterious effect
of mild physical exercise in an old skeletal muscle of
senescence-accelerated mice, suggesting also a possible
downregulation of the UPP proteolytic pathway. Figure
10: immunoblot image and relative protein quantification
of myogenin (MyoG) normalized to H2B measured on
tibialis anterior muscle in sedentary (SED), physical
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