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Since the first endosymbiotic event occurred, where a pro-
teobacterium was engulfed by larger cells, evolutionary
pressure was imposed into mitochondria in order to facil-
itate the higher energy output required for the evolution of
complexity. As a result, mitochondria are also a primary
source of reactive molecules involved in physiologic redox
signaling and the cause of oxidative stress from patholog-
ical events [1]. Besides their central role in ensuring that
energy demands are met, mitochondria also contribute to
intercellular and intracellular processes such as controlling
nuclear gene expression, ion homeostasis, and apoptosis
[2]. Thus, maintaining mitochondrial integrity and func-
tionality is critical for cellular homeostasis. As shown by
the manuscripts assembled for this special issue, mecha-
nisms for surveillance of mitochondria are complex and
diverse. However, these manuscripts together echo the
importance of assessing mitochondria for integrity and
functionality to identify aberrant redox signaling or early
signs of pathology [3]. In general, mitochondrial quality
is controlled by a myriad of interconnected systems
including (1) enzymatic and nonenzymatic elements capa-
ble of fighting oxygen-mediated mitochondrial toxicity [4],
(2) mitochondrial proteases and chaperones responsible
for the maintenance of mitochondrial proteostasis [5],
and (3) a multilayer network of proteins involved in the
control of mitochondrial morphology, location, and number
[6]. Disruption of mitochondrial quality control mechanisms

in general results in adverse effects that contribute to the
establishment and progression of several diseases [7, 8].
Therefore, the development of pharmacological and non-
pharmacological approaches capable of optimizing mito-
chondrial surveillance and quality control mechanisms is a
promising tool to treat diseases [9, 10].

This special issue consists of 6 original articles and 2
review articles that broaden our understanding of the reg-
ulatory processes involved in mitochondrial bioenergetics,
surveillance, and quality control mechanisms of mitochon-
dria in health and disease. In turn, these manuscripts
bring new insights into mitochondrial signaling mecha-
nisms and for proposing novel approaches for diagnostics
and therapeutics. They cover the topics of (1) redox signaling
and oxidative stress, (2) mitochondrial proteostasis, (3)
mitochondria-nucleus communication (mitochondrial retro-
grade signaling), (4) mitochondrial dynamics: mitochondrial
biogenesis, fusion, and fission, (5) mitochondrial clearance
(mitophagy), and (6) mitochondrial bioenergetics.

Two articles in this special issue focus on the interplay
between mitochondria bioenergetics and oxidative stress in
skeletal muscle physiology. M. Marrone et al. demonstrate
that sarcopenia (i.e., age-related loss of skeletal muscle
mass and function) is paralleled by impaired mitochon-
drial bioenergetics and excessive superoxide levels in both
myoblasts and myotubes from skeletal muscle of elderly
subjects. However, the direct impact of mitochondrial
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dysfunction on skeletal muscle regenerative capacity in
ageing still needs to be addressed. M. Eimre et al. provide
evidence that Wfs1-deficient mice, which display progres-
sive loss of plasma insulin concentration, exhibit reduced
mitochondrial oxygen consumption, with no changes in
mass of the soleus skeletal muscle (abundant in slow
twitch muscle fibers). In contrast, the rectus femoris skele-
tal muscle (abundant in fast twitch muscle fibers) has a
significant reduction in mass along with increased mito-
chondrial content and improved bioenergetics. These dif-
ferences in skeletal muscle metabolism in Wfs1-deficient
mice should be further explored in order to understanding
its possible contribution to diabetes or Wolfram syndrome.

Two other articles in this special issue focus on the role
of mitochondrial metabolism in tumor biology. Many
tumors are characterized by changes in the mitochondrial
electron transport chain composition, which might have
either positive or negative impact on energy production. R.
G. Feichtinger et al. investigate the expression of oxidative
phosphorylation complexes in human prostate carcinomas.
There is an accumulation of oxidative phosphorylation com-
plexes I, II, and V in carcinomas compared with benign tis-
sue. Moreover, complex V levels (i.e., ATP5F1A subunit)
have a positive correlation with early-onset prostate cancer.
Whether these changes in complex abundance reflect func-
tional alterations in mitochondria of tumor cells remains
to be determined, although this is likely given the rate limit-
ing characteristic of some of these complexes. In another
article, G. H. Tamarindo et al. show that melatonin or doc-
osahexaenoic acid supplementation reduces proliferation of
PNT1A cancer cell line. Of interest, melatonin and docosa-
hexaenoic acid have opposite effects on mitochondrial bio-
energetics and hydrogen peroxide production in this cell
line. Nonetheless, the contribution of mitochondrial biology
to the impact of such interventions in PNT1A cancer cell
line is still unclear.

Finally, two other articles in this special issue focus on the
role of mitochondria as detoxifying systems capable of fight-
ing aldehyde- and oxygen- mediated toxicity. L. G. M. Wijer-
mars et al. demonstrates that impaired aldehyde metabolism,
characterized by reduced activity of aldehyde dehydrogenase
enzyme and accumulation of toxic reactive aldehydes, is
associated with delayed graft function following kidney
transplantation in humans. These findings suggest that mea-
suring aldehyde metabolism can be a possible strategy to
develop biomarkers to assess delayed graft function from a
kidney transplant. In another article, R. J. Mailloux provides
an updated view on the critical contribution of mitochondria
to the degradation of intracellular hydrogen peroxide as well
as its contribution to both redox signaling and oxidative
stress. Considering that mitochondria have a high concentra-
tion of antioxidant defense enzymes, it is expected that ther-
apies capable of changing mitochondrial content, number,
and function will play a critical role in redox biology [1, 2,
6, 10]. In that sense, H.-Y. Lin et al. demonstrate that the
reestablishment of mitochondrial network through overex-
pression of mitochondrial fusion-related proteins or down-
regulation of mitochondrial fission-related proteins reduces
oxidative stress and improves insulin signaling in cybrid cells

harboring diabetes mellitus-susceptible mtDNA haplogroup.
Finally, S. Sivanesan et al. describe in a review article some
possible connections between impaired energy metabolism
and Alzheimer’s disease.

We hope that this special issue provided new insights and
fostered new ideas into mitochondrial biology and how it
associates with health and disease.
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Prostate cancer development has been associated with changes in mitochondrial activity and reactive oxygen species (ROS)
production. Melatonin (MLT) and docosahexaenoic acid (DHA) have properties to modulate both, but their protective role,
mainly at early stages of prostate cancer, remains unclear. In this study, the effects of MLT and DHA, combined or not, on
PNT1A cells with regard to mitochondria bioenergetics, ROS production, and proliferation-related pathways were examined.
Based on dose response and lipid accumulation assays, DHA at 100 μM and MLT at 1 μM for 48 h were chosen. DHA doubled
and MLT reduced (40%) superoxide anion production, but coincubation (DM) did not normalize to control. Hydrogen peroxide
production decreased after MLT incubation only (p < 0 01). These alterations affected the area and perimeter of mitochondria,
since DHA increased whereas MLT decreased, but such hormone has no effect on coincubation. DHA isolated did not change the
oxidative phosphorylation rate (OXPHOS), but decreased (p < 0 001) the mitochondrial bioenergetic reserve capacity (MBRC)
which is closely related to cell responsiveness to stress conditions. MLT, regardless of DHA, ameliorated OXPHOS and recovered
MBRC after coincubation. All incubations decreased AKT phosphorylation; however, only MLT alone inhibited p-mTOR. MLT
increased p-ERK1/2 and, when combined to DHA, increased GSTP1 expression (p < 0 01). DHA did not change the testosterone
levels in the medium, whereas MLT alone or coincubated decreased by about 20%; however, any incubation affected AR
expression. Moreover, incubation with luzindole revealed that MLT effects were MTR1/2-independent. In conclusion, DHA
increased ROS production and impaired mitochondrial function which was probably related to AKT inactivation; MLT improved
OXPHOS and decreased ROS which was related to AKT/mTOR dephosphorylation, and when coincubated, the antiproliferative
action was related to mitochondrial bioenergetic modulation associated to AKT and ERK1/2 regulation. Together, these findings
point to the potential application of DHA and MLT towards the prevention of proliferative prostate diseases.

1. Introduction

Despite its multifactorial etiology, progression and aggres-
siveness of prostate cancer (PCa) have been related to oxida-
tive stress [1, 2] and the increased production of reactive

oxygen species (ROS) is closely associated to alterations in
the mitochondria [3]. Such organelles play a crucial role in
all stages of malign transformation [3] and have been associ-
ated to PCa due to reduction in apoptotic potential [4], path-
ogenic mutations in genes encoding the electron transport
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chain (ETC) respiratory complexes, and loss of mitochon-
drial DNA and integrity [5]. Therefore, modulation of mito-
chondria physiology may be a good therapeutic target, either
in the prevention of tumor development or in the induction
of cancer cell death.

Melatonin (MLT) is a pleiotropic hormone with antioxi-
dant properties that regulate mitochondrial activity [6–10]
and has been investigated as a PCa suppressor [11]. Patients
with PCa exhibit low MLT serum levels when compared to
healthy individuals, with a notable decrease when benign
prostatic hyperplasia (BPH) progresses to adenocarcinoma
[11, 12]. Most cases of PCa (75%) are diagnosed in men over
65 years [11], coincidental to the period when MLT synthesis
is reduced [13] and mitochondrial dysfunction increases due
to ROS production [14, 15]. Regarding this evidence, MLT
supplementation in patients within risk age of PCa (30–40
years old) may be an interesting chemoprevention strategy
[16]. Apart from its own anticancer properties, MLT has also
been investigated in combination with other compounds,
due to its ability to sensitize cells and potentialize the antipro-
liferative effect of these compounds by inhibition of survival
pathways, e.g., AKT [17]. In this context, polyunsaturated
fatty acids omega-3 (PUFA ω-3), mainly docosahexaenoic
acid (DHA), have been reported to increase mitochondrial
ROS in tumor cells through AKT/mTOR inhibition [18],
leading to cell death. Furthermore, DHA catabolism occurs
in the peroxisome and mitochondria [19] and is very suscep-
tible to oxidation caused by reactive species [20] leading to
generation of cyto- and genotoxic hydroperoxides and alde-
hydes [21]. Although evidence suggests that DHA, a fatty
acid present in the human diet and usually adopted as nutri-
tional supplementation, can exert antiproliferative effects, it
has not yet been investigated in early stages of prostate prolif-
erative disorders, such as benign hyperplasia.

The treatment adopted in most cases of androgen-
dependent PCa is androgen ablation, which can lead to selec-
tive advantage to androgen-independent cancer cells that
eventually proliferate and promote the recurrence of a more
aggressive phenotype [22]. Administration of compounds
that affect sexual steroid pathways also have been a strategy
in prevention and treatment of PCa, but the mechanisms
triggered are still not fully elucidated and their safety is
uncertain [23]. In this context, one of the avenues to decrease
the high mortality rate caused by PCa [24] may be the
chemoprevention focused on the suppression of growth or
survival of abnormal cells at early stages. Therefore, our
aim was to test, in vitro, the antiproliferative potential of
MLT and DHA, combined or not, in early stages of prostate
proliferative disorders. For this purpose, the proliferation of
PNT1A cells, an epithelial benign prostate line sensitive to
androgen, and the correlations to ROS production, mito-
chondrial bioenergetics, and proliferative signaling pathways
were evaluated.

2. Material and Methods

2.1. Cell Culture and Treatments. PNT1A cells
(#95012614—Health Protection Agency, England, UK) were
seeded in RPMI 1640 medium (#R6504—Sigma-Aldrich, St.

Louis, Missouri, EUA) enriched with 10% fetal bovine serum
(#S0011—Vitrocell, Campinas, São Paulo, Brazil), 1% of pen-
icillin, streptomycin, and amphotericin B (#15240062—Life
Technologies, Paisley, UK) and incubated in a wet incubator
with 5% of CO2 at 37

°C. For cell maintenance, the medium
was replaced every 2–3 days and subculture was done when
70–85% confluence was reached. For the experiments, the
cells were incubated at the desired density and were allowed
to attach during 24 hours.

DHA (#D2534—Sigma-Aldrich, St. Louis, Missouri,
EUA) concentrations (10μM, 20μM, 50μM, and 100μM)
were freshly prepared in RPMI 1640 culture medium from
a stock solution of 20mM DHA in anhydrous ethanol
(vehicle), and the effects on cell proliferation at 24 h, 48 h,
and 72h were tested. These concentrations were chosen
according to previous experiments with normal epithelial
prostatic cells RWPE-1 [25]. DHA concentration and time
of incubation that first exerted antiproliferative effects, com-
bined to higher lipid accumulation, were chosen to perform
all forward assays.

Because there are several studies reporting major path-
ways triggered by MLT (#M5250—Sigma-Aldrich, St. Louis,
Missouri, EUA) in different concentrations [26, 27], we first
evaluatedphysiologic (pM–nM), supraphysiologic (nM–μM),
and pharmacologic (μM–mM) ranges on cell proliferation.
Then, the effects of 1 pM, 1nM, 1μM, and 1mMofMLTwere
tested alone or in coincubation with DHA. These MLT con-
centrations in themediumwere freshly prepared from a stock
solution at 100mM in anhydrous ethanol (vehicle), and the
first that exerted antiproliferative effects, alone and combined
to DHA, were chosen for forward assays. For coincubation
assays, DHA and MLT at the desired concentration were
added to themediumat the same time. Proliferation assaywith
luzindole (#15998—CaymanChemical,MI,USA), anonselec-
tive antagonist of MTR1 and MTR2 membrane receptors,
100-fold higher than the MLT work concentration, was per-
formed in control (vehicle incubation only), melatonin
(MLT), DHA, and coincubation (DM) to determine the path-
ways of hormone action.

To ensure that the mechanisms observed were not due to
vehicle, all control assays were incubated with anhydrous
ethanol at the same volume of DHA, MLT, or DM added to
the cells. Also, the concentration of vehicle in the medium
never exceeded 0.5% which did not exert alteration on cell
proliferation (data not shown).

2.2. Cell Proliferation Assay. The effects of treatments were
evaluated after incubation of 1× 104 cells/well with commer-
cial colorimetric kit CellTiter 96® AQueous One Solution
Cell Proliferation Assay (#G3580—Promega Corporation,
Madison, WI, USA), according to the manufacturer’s
instructions. Absorbance was determined at 490 nm in an
Epochmicroplate reader (BioTek Instruments Inc.,Winooski,
VT, EUA). Three independent experiments in triplicate
were performed for statistical analysis.

2.3. Lipid Accumulation. Qualitative evaluation of lipid
uptake was assessed by light microscopic analysis after incu-
bation with Oil Red O (#O0625—Sigma-Aldrich, St. Louis,
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Missouri, EUA). Cells were seeded at 1× 104 cells/well
followed by incubation with DHA (10μM, 20μM, 50μM,
and 100μM) or vehicle (control). After incubation, the
medium was removed, and the cells were washed with PBS
and fixed with paraformaldehyde 4% for 10 minutes. Then,
cells were immersed in isopropanol 60% for 5 minutes at
room temperature (RT) followed by incubation for 60
minutes with fresh Oil Red O prepared at 0.03% in isopropa-
nol. After two independent experiments performed in dupli-
cate, the most representative profile of lipid accumulation
was considered for each DHA concentration.

Quantitative evaluation of intracellular lipids was
assessed after incubation (5× 104 cells/well) with 5μM of
BODIPY™ Lipid Probes 493/503 (#D3922—Molecular
Probes®, Invitrogen) prepared in serum-free medium for 5
minutes at RT, according to the manufacturer’s instructions.
Immediately, images were captured with an inverted fluores-
cence microscope (Axio Vert.A1 Carl Zeiss AG, DE) with the
same time of exposure (280ms). Quantification of total fluo-
rescence intensity was assessed with ImageJ software, and at
least four hundred cells per treatment from three consecutive
passages were considered.

2.4. ROS Determination.Hydrogen peroxide (H2O2) produc-
tion was determined after incubation of 106 cells/mL in PBS/
Mg+2, 5mM of succinate, 1U/mL of HRP, and 25μM of
Amplex Red (Molecular Probes®, Thermo Fisher Inc.). Fluo-
rescence intensity was assessed at 563 nm excitation and
587nm emission, using a Cytation 3 Cell Imaging Multi-
Mode Reader (BioTek Instruments Inc., Winooski, VT,
EUA). Cell H2O2 production was correlated to fluorescence
intensity and calculated as described previously [28]. Three
independent experiments in triplicate were considered for
statistical analysis.

Superoxide anion production (O2
●−) was assessed after

incubation with MitoSOX® Red dye (#M36008—Molecular
Probes, Thermo Fisher Inc.), according to the manufacturer’s
instructions. After treatments, the medium was removed,
and the cells (5× 104/well) were washed twice with KH buffer
(NaCl 120mM, NaHCO3 15mM, KCl 5mM, NaH2PO4
1.5mM, and Na2HPO4 0.7mM) and incubated with the dye
at 3μM for 15 minutes at 37°C in an incubator with 5%
CO2. Then, cells were washed twice with KH buffer to
remove the dye that did not enter the mitochondria. A
total of fifteen images from wells containing cells of con-
secutive passages were captured at the same exposure time
(1200ms) with an inverted fluorescence microscope (Axio
Vert.A1 Carl Zeiss AG, DE). Total field fluorescence inten-
sity was measured with ImageJ software and normalized
with the number of cells per field. At least 250 cells were
counted in each treatment.

2.5. Morphometric Analysis of Mitochondria. Cells were
seeded at a density 5× 104 cells/well in a CELLview bottom
glass (Greiner Bio-One) and, after treatments, incubated with
MitoTracker Orange CMTMRos (#M7510Molecular Probes,
Invitrogen) at 50 nM in a serum-free medium at 37°C and 5%
CO2, according to the manufacturer’s instructions. After 15
minutes, media were replaced and live cells were immediately

analyzed with an inverted fluorescence microscope (Axio
Observer Z1 Carl Zeiss AG, DE). Morphometric evaluation
of mitochondria was done with a macro created for ImageJ
software by Dagda and colleagues [29]. This tool was previ-
ously validated [29] and allows measuring mitochondria
stained with the specific fluorescent dye and determining
the area and perimeter of the organelle. Measurements were
performed in at least fifteen images captured with 40x objec-
tive. Fluorescent regions of each image were measured
followed by normalization of number of cells per field. At
least 100 cells were considered for statistical analysis.

2.6. Mitochondrial Membrane Potential Determination. After
incubations, cells were centrifuged at 2000 rpm for 5 minutes
at 4°C, then the pellets were washed and resuspended in PBS.
Respiration buffer (sucrose 125mM, KCl 65mM, HEPES
10mM pH7.2, MgCl2 1mM, KH2PO4 2mM, EGTA
0.5mM, and BSA 0.15%), 106 cells/mL, succinate 5mM, saf-
ranin O 5μM, and digitonin 20μM were added to a cuvette,
as described by Holden and Sze [30] (concentrations of cells,
succinate, safranin O, and digitonin were adapted for
increased effectiveness without damaging the integrity of
the mitochondria). For analysis, ADP 50μM, oligomycin
1μg/mL (OLG), and antimycin A 1μg/mL (AA) were added
to the incubation medium. Values were recorded in a fluores-
cence spectrophotometer (F-2500 Hitachi) with 495 nm and
589 nm excitation and emission, respectively. The most rep-
resentative profile of mitochondrial membrane potential of
three independent experiments performed in duplicate was
plotted and values shown in arbitrary fluorescence units.

2.7. Oxygen Consumption Rate. Oxygen consumption rate
(OCR) was assessed in a Hansatech Oxygraph (Yellow
Springs Corporation) as described by Silva and colleagues
[31]. Basal state (S2) was determined after incubation of
106 cells/mL in respiration buffer (sucrose 125mM, KCl
65mM, HEPES 10mM pH7.2, MgCl2 1mM, KH2PO4
2mM, EGTA 0.5mM, and BSA 0.15%) in the presence of
digitonin at 20μM and succinate 5mM. State 3 (S3) was
determined by OCR and assessed after the addition of
50μMADP and state 4 (S4) with oligomycin 1μg/mL. Respi-
ratory control (RC) was calculated as RC = state 3OCR/sta
te 4OCR and indicates the oxidative phosphorylation rate.
ETC maximum velocity (S3U) was determined by OCR and
assessed after the addition of mitochondrial uncoupler car-
bonyl cyanide m-chlorophenyl hydrazone (CCCP) at 1μM.
Mitochondrial bioenergetic reserve capacity was calculated
as MBRC = S3U − S2 , as described by Vayalil and Landar
[32], considering nonmitochondrial oxygen consumption.
At least three experiments in triplicate were considered for
statistical analysis.

2.8. Testosterone Level in the Medium. After incubations, the
medium was removed from the wells and testosterone levels
were measured with ELISA assay from an AccuBind Testos-
terone System Microwells (#3725300—Monobind Inc., Lake
Forest, CA, USA) commercial kit, according to the manufac-
turer’s instructions. Concentrations of testosterone (ng/mL)
were normalized by protein amount in the cell lysate from
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the correspondent well. Three independent experiments were
performed in triplicate for statistical analysis.

2.9. Western Blotting. After incubations, cells (5× 104/well)
were lysed in RIPA buffer in the presence of 10% protease
inhibitor cocktail, sodium orthovanadate (1 : 100), and PMSF
(1 : 1000). All reagents were obtained from Sigma-Aldrich
(St. Louis, Missouri, EUA). Protein quantification was per-
formed in an Epoch microplate reader coupled to Take3
Micro-Volume (BioTek Instruments Inc., Winooski, VT,
EUA) at 280nm. After electrophoresis in SDS-PAGE, pro-
teins (50 or 100 μg/μL) were transferred to the nitrocellulose
membrane for 1 hour and 40 minutes in a semidry system.
Nonspecific bindings were blocked with BSA 5% in TBST
for 1 h (phosphorylated proteins) or nonfat milk at 5% in
TBST for 30 minutes (for nonphosphorylated proteins), at
RT in a shaker. Primary antibodies anti-phospho-mTOR
(rabbit monoclonal, Santa Cruz Biotechnology, 1 : 400),
anti-phospho-AKT (rabbit polyclonal, Santa Cruz Biotech-
nology, 1 : 400), anti-phospho-ERK1/2 (rabbit polyclonal,
Cell Signaling, 1 : 1000), anti-GSTP1 (rabbit polyclonal, Cell
Signaling, 1 : 1000), and anti-β-actin (mouse monoclonal,
Santa Cruz Biotechnology, 1 : 1000) were incubated over-
night at 4°C. Secondary antibodies were prepared at 10x dilu-
tion of the respective primary antibody and incubated at 4°C
for 1 h. The ECL system was applied for band visualization
and image capture. All incubations were analyzed in tripli-
cate (n = 3) in the same gel, and one protein per gel in addi-
tion to β-actin for loading control was quantified. Relative
densitometry was assessed using ImageJ software.

2.10. Statistical Analyses. Statistical analyses were performed
with GraphPad Prism® software (GraphPad Prism software,
v.5.0). First, distribution of samples was analyzed with
Kolmogorov-Smirnov and Shapiro-Wilk normality tests.
Parametric distributions were submitted to T test or one-
way ANOVA followed by Tukey test (post hoc); nonpara-
metric distributions toMann-Whitney or Kruskal-Wallis test
followed by Dunn test (post hoc). p < 0 05 was considered
statistically different.

3. Results

3.1. Pro- or Antimitogenic Actions of DHA in PNT1A Cells
Are Time- and Concentration-Dependent. All DHA concen-
trations tested within 24 h, except 10μM, increased the pro-
liferation of PNT1A cells. Stimulation of the clonogenic
rate at 48 h was only observed with 20 and 50μM as well as
10 and 20μM at 72h (Figure 1(a)). At 100μM, the highest
concentration tested, cell proliferation (Figure 1(a)) reduced
only after 48 h (control: 0.41± 0.01; DHA 0.34± 0.01 abs)
and 72h (control: 0.36± 0.01; DHA: 0.20± 0.01 abs). DHA
also stimulated lipid accumulation in a dose- and time-
dependent pattern, as represented in Figure 1(b) for 48 h
incubation. Therefore, 100μM of DHA at 48 h was selected
to perform all forward assays.

3.2. MLT Decreased PNT1A Cell Proliferation. MLT at phys-
iological concentrations (1 pM and 1nM) had no effect on
cell proliferation (Figure 1(c)) but decreased at 1μM

(control: 0.87± 0.02; MLT 0.74± 0.02 abs) and 1mM
(control: 0.81± 0.02; MLT: 0.50± 0.005 abs). At 1μM, MLT
exerted the most antiproliferative effect in comparison to all
concentrations analyzed (Figure 1(c)). We chose MLT at
the concentration of 1μM because it was the first to exert
an antiproliferative effect. Also, our aim was to evaluate the
MLT effects, regardless of membrane receptor activation,
which occurs mainly in the pM–nM range.

3.3. MLT Improved Antiproliferative Effect When Combined
to DHA. MLT coincubated with DHA 100μM for 48 h
roughly decreased cell proliferation (Figure 1(c)) at 1μM
(control: 0.87± 0.02; DM: 0.58± 0.02 abs) and 1mM
(control: 0.81± 0.02; DM: 0.29± 0.01 abs). Coincubation
with MLT at 1mM exhibited the most antiproliferative effect,
decreasing by 50% the cell proliferation rate compared to
DM at 1μM (Figure 1(c)).

3.4. DHA Alone or Coincubated with MLT Increased Lipid
Intracellular Amount. Incubation with DHA alone
(100μM) increased by 62% lipid accumulation in PNT1A
cells after 48 h and, when coincubated withMLT 1μM, raised
to 82% (control: 3.97± 0.19, DHA: 6.66± 0.14, and DM: 7.34
± 0.16 FI/cell× 105). MLT alone did not affect intracellular
lipid storage (Figure 2).

3.5. DHA Increased Superoxide Anion Production and MLT
Alleviated ROS Generation. DHA did not alter H2O2 produc-
tion by PNT1A cells when compared to control (Figure 3(a)).
MLT reduced 62% of total H2O2 production, but when coin-
cubated with DHA, H2O2 generation increased compared to
control, as shown in Figure 3(a) (control: 0.098± 0.007, MLT:
0.037± 0.008, and DM: 0.144± 0.009 pmol/min/106 cells).

DHA doubled whereas MLT alone reduced 40% of super-
oxide anion production (Figures 3(b) and 3(c)) by PNT1A
cells when compared to control. Coincubation attenuated
such ROS production compared to DHA alone, but did not
normalize to control (control: 7.91± 0.73, DHA: 16.78±
1.30, MLT: 4.75± 0.39, and DM: 12.26± 0.65 FI/cell× 104).

3.6. MLT Improved Oxidative Phosphorylation and Alleviated
Mitochondrial Damage Caused by DHA. None of the incuba-
tions altered basal OCR in PNT1A cells (S2—Figure 4(a)).
Respiratory control (Figure 4(b)) was increased by MLT
alone or coincubated whereas DHA did not promote any
change on OCR when compared to control (control: 3.13±
0.08, MLT: 4.89± 0.23, and DM: 3.71± 0.13). Mitochondrial
bioenergetic reserve capacity (MBRC) of PNT1A cells
(Figure 4(d)) was unaffected by MLT alone, decreased
2-fold after incubation only with DHA, and raised roughly
by 130% in DM compared to control (control: 2.90± 0.27,
DHA: 1.59± 0.11, and DM: 3.77± 0.07 nmol O2/10

6 cells/
min). MLT alone decreased both mitochondrial area and
perimeter, and DHA alone increased as well as coincubation
when compared to control (area—control: 122.1± 5.79,
DHA: 147.1± 5.33, MLT: 89.55± 4.05, and DM: 146.3±
8.04 μm2/perimeter—control: 8.02± 0.28, DHA: 10.03±
0.21, MLT: 6.23± 0.23, and DM: 9.47± 0.48 μm), as shown
in Figures 5(a)–5(c).
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Figure 1: DHA andMLT antiproliferative effect. (a) PNT1A cell proliferation incubated with 10, 20, 50, and 100μMof DHA after 24, 48, and
72 h. Legend of panel (a): C: control (vehicle incubation). Statistical analysis of panel (a): (A) different from C; (B) different from 10 μM;
(C) different from 20μM; (D) different from 50 μM. (b) Lipid droplets (arrow) stained (red) with Oil Red O (bottom row) after incubation
with vehicle (C) or DHA at 10, 20, 50, and 100 μM for 48 h. Images captured with 40x objective. For qualitative analysis, two independent
experiments were performed in duplicate, and the most representative lipid accumulation for each DHA concentration is shown.
(c) PNT1A cell proliferation incubated with 1 pM, 1 nM, 1μM, and 1mM of MLT after 48 h. Legend of panel (c): C: control
(vehicle incubation); MLT: melatonin incubation; DM: coincubation with 100 μM of DHA and melatonin. Statistical analysis of panel
(c): (A) different from C; (B) different from MLT considering same concentration range; (C) different from MLT-1 pM; (D) different from
MLT-1 nM; (E) different from MLT-1 μM; (G) different from DM-1 pM; (H) different from DM-1 nM; (I) different from DM-1μM;
p < 0 05 was determined as statistically different. All proliferation assays were performed in triplicate, and three independent events
considered for statistical analysis. Values show the mean of absorbance and SEM.

5Oxidative Medicine and Cellular Longevity



3.7. MLT and DHA Modulated the Survivor and Cell
Proliferation-Related Pathways Regardless of MTR1 or
MTR2 Sensitization. Luzindole did not change cell prolifera-
tion (Figure 6(f)) in control or MLT, but was reduced when
incubated with DHA (control: 0.65± 0.02; DHA: 0.48± 0.02
abs) and DM (control: 0.51± 0.03; DM: 0.35± 0.02 abs)
compared to incubations without the antagonist.

DHA and MLT alone suppressed AKT phosphorylation
(Figure 6(a)) when compared to control, as well as coincuba-
tion, which did not show a synergistic effect (control: 2.17±
0.12, DHA: 1.33± 0.18, MLT: 1.31± 0.03, and DM: 1.51±
0.15). MLT alone also inhibited mTOR activation
(Figure 6(b)) compared to control, whereas DHA alone or

in coincubation did not change (control: 0.150± 0.015;
MLT: 0.082± 0.003). On the other hand, MLT alone
increased ERK1/2 phosphorylation (Figure 6(c)) compared
to control and coincubation with DHA amplified this
effect (control: 0.045± 0.005, MLT: 0.125± 0.009, and DM:
0.223± 0.021). GSTP1 expression (Figure 6(d)) did not
change in isolated incubations, but together, MLT and
DHA increased 20% compared to MLT alone (MLT: 1.69±
0.10; DM: 2.34± 0.17).

3.8. MLTMay Influence the Androgen Pathway. Testosterone
levels in culture medium (Figure 7) decreased by 25% after
MLT incubation compared to control and 20% when

C
D

H
A

M
LT

D
M

(a)

0

4

8

C
DHA

MLT
DM

A,C
A,B,C

B

Li
pi

d 
sto

ra
ge

(F
I/c

el
l ×

 1
05 )

(b)

Figure 2: Lipid accumulation. (a) Detection of lipids (green) in PNT1A cells with BODIPY. Cells were incubated with 100 μM of DHA and
1μM of MLT for 48 h before the dye. Images of left column were captured with 10x objective and right column (insets) with 40x. (b) Lipid
storage quantification. C: control (vehicle incubation); DHA: incubation with 100μM of DHA for 48 h; MLT: incubation with 1 μM of
melatonin for 48 h; DM: coincubation with 100μM of DHA and 1 μM of melatonin for 48 h. Statistical analysis: (A) different from C;
(B) different from DHA; (C) different from MLT. p < 0 05 was considered statistically different. At least four hundred cells per treatment
from three consecutive passages were analyzed. Values show the mean of fluorescent units per cell and SEM.
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coincubated with DHA, whereas no alteration was observed
for DHA alone (control: 11.20± 0.15, MLT: 8.60± 0.64,
DM: 9.18± 0.43 ng/mL× 10−5). AR expression did not
change among any incubation (Figure 6(e)).

4. Discussion

Considering that the available strategies against PCa are still
highly inefficient and may lead to the recurrence of more
aggressive phenotypes [22, 23], we investigated, in vitro, the
potential of DHA and MLT to decrease cell survival at early
stages of proliferative disorders. PNT1A cells were chosen
due to their normal secretory phenotype but also nonmalig-
nant alterations, allowing study growth and survival of high
proliferative prostate cells which are sensitive to androgen,
as described in early stages of prostate cancer progression
and BHP [33]. Furthermore, this cell line retains AR expres-
sion, whose activity is closely related to cell metabolism, and
the loss thereof affects mitochondria yields and dynamics
among PCa progression. Due to their antiproliferative prop-
erties, DHA and MLT have been investigated as PCa sup-
pressors in experimental studies [11, 18], but their
combined action in benign prostate cells has not yet been
evaluated. In this study, we observed that ROS generation
and mitochondrial function play a pivotal role in determina-
tion of PNT1A cell proliferation. On the one hand, DHA had

an anticlonogenic effect at the highest concentration tested
(100μM) after 48 h of incubation, mainly due to the increase
in ROS production, probably related to mitochondrial func-
tion impairment and AKT inactivation. On the other hand,
MLT, at the pharmacologic range, improved oxidative phos-
phorylation and decreased ROS production, but reduced cell
proliferation due to inhibition of survival pathways. More-
over, MLT improved the DHA antiproliferative effect in
PNT1A cells.

4.1. Benign Epithelial Prostatic Cells Respond Differently to
DHA than Tumor Cells. DHA has been described to have
antimitotic and proapoptotic effects on malignant prostate
cell lines using different concentrations [18, 34, 35]. How-
ever, in this study DHA had a hormetic behavior on nontu-
mor PNT1A cells, since an inhibitory effect on proliferation
was detected at a higher concentration (100μM) for longer
exposures (48 and 72 h), whereas a proliferative stimulus
was triggered at lower concentrations (20 and 50μM).
Despite not being the aim of our study, it is worth mention-
ing that the results from our laboratory (not shown) with
DHA 50μM for 48 h suggest that such an increase in cell pro-
liferation may be related to deregulation of peroxisome
proliferator-activated receptor gamma (PPARγ), which is still
under investigation. Regarding DHA at 100μM for 48 h, it is
possible to suggest two key factors in cytotoxic effect: the
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Figure 3: ROS determination. Production of (a) hydrogen peroxide (H2O2)—values show pmol of H2O2/min/106 cells and SEM; production
of (b) superoxide anion (O2

●−)—values show the fluorescence intensity (FI) per cell× 104. Legend of panels (a) and (b): C: control (vehicle
incubation); DHA: incubation with 100 μM of DHA for 48 h; MLT: incubation with 1μM of melatonin for 48 h; DM: coincubation with
100μM of DHA and 1μM of melatonin for 48 h. Statistical analysis: (A) different from C; (B) different from DHA; (C) different from
MLT. p < 0 05 was considered statistically different. Three independent experiments in triplicate were considered for statistical analysis of
H2O2 production and at least 250 cells for O2

●−. (c) Detection of O2
●− production after MitoSOX incubation. Images captured with 40x

objective with an inverted fluorescence microscope.
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increase in ROS production and the inactivation of AKT
(Figure 8(a)). Interestingly, previous studies demonstrated
that 50μM of DHA led to death of PC3 and DU145 cells
[18] whereas in our study this concentration stimulated
PNT1A to proliferate and cytotoxic effects were observed
solely at 100μM. In PCa, oxidative stress is increased and it
is possible that incubation with DHA enhanced cellular dam-
age, activating cell death even at lower concentrations. Fur-
thermore, this susceptibility may also rely on metabolic
changes among malignant transformations known as the
Warburg effect [36]. Regarding PCa, these changes may be
related to several mechanisms [37], as increased β-oxidation
[38], higher amounts of mitochondria and lower complex I
activity [4], mutations in ETC complexes [5], and alterations
in mitochondria dynamics [39] which may be related to dif-
ferent responses between benign and prostate tumor cells.

4.2. DHA Raised ROS Production and Mitochondrial
Rearrangement. To the best of our knowledge, this is the first
evidence that DHA increases ROS generation and decreases
cell proliferation in PNT1A benign prostate cells. Such effects

were probably associated to higher O2
●− production, which is

related to the increase in mitochondrial membrane potential
(Figure 5(d)) [40]. It is currently known that higher oxidative
stress levels commonly exhibit impairment of mitochondrial
activity [41]. In response to oxidative damage or metabolic
changes, mitochondrial fusion may be triggered as tentative
to restoration of organelle function [42]. In this context, we
hypothesize that DHA raised oxidative stress, therefore
impairing mitochondrial function, which then stimulated
organelle fusion and led to area and perimeter increase as well
as the recovery of oxidative phosphorylation (OXPHOS).
Mitochondrial morphology alterations described here are in
line with previous reports, since DHA upregulated the pro-
tein related to mitochondrial fusion MFN2 [43]. It is worth
mentioning that despite that OXPHOS was unchanged after
48 h of incubation, mitochondrial integrity probably
remained damaged because DHA strongly impaired MBRC,
an index of cell potential to respond upon stress conditions,
which is decreased under oxidative stress [44]. In this context,
in vitro studies from our research group found that half of
DHA concentrations used here remarkably decreased the
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Figure 4: Oxygen consumption rate of PNT1A cells after incubations. (a) Basal state (S2), (b) respiratory control ratio (OCR), (c) maximum
velocity of respiratory chain (S3U), and (d) mitochondrial bioenergetic reserve capacity (MBRC). Values show the mean of nmol of O2/10

6

cells/min and SEM. C: control (vehicle incubation); DHA: incubation with 100 μMof DHA for 48 h; MLT: incubation with 1μMof melatonin
for 48 h; DM: coincubation with 100 μM of DHA and 1 μM of melatonin for 48 h. Statistical analysis: (A) different from C; (B) different from
DHA; (C) different from MLT. p < 0 05 was considered statistically different. Three independent experiments were performed in triplicate
for statistical analysis.
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viability of the testis cell population in fetal mice and,
when combined to 2-monoethylhexyl phthalate (MEHP),
strongly impaired the survival of male germ cells

(gonocytes). Therefore, the data highlights the ability of
DHA to induce cell sensitization to other cytotoxic com-
pounds (data not published).
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Figure 5: Morphometric analysis of mitochondria. (a) Mitochondria labeling with MitoTracker, (b) area (μm2), (c) perimeter (μm), and
(d) mitochondrial membrane potential assessed with Safranin O. Images captured with 40x objective with an inverted fluorescence
microscope for morphological analysis. Legend: C: control (vehicle incubation); DHA: incubation with 100 μM of DHA for 48 h; MLT:
incubation with 1μM of melatonin for 48 h; DM: coincubation with 100 μM of DHA and 1μM of melatonin for 48 h; ADP: adenosine
diphosphate; OLG: oligomycin; AA: antimycin A. At least 100 cells from consecutive passages were considered for statistical analysis.
Values show the mean and SEM. Statistical analysis: (A) different from C; (B) different from DHA; (C) different from MLT. p < 0 05
was considered statistically different.
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Figure 6: Signaling pathways. (a) AKT, (b) mTOR, and (c) ERK1/2 activation. (d) GSTP1 and (e) AR expression. Legend of panels (a)–(e):
C: control (vehicle incubation); DHA: incubation with 100μM of DHA for 48 h; MLT: incubation with 1 μM of melatonin for 48 h; DM:
coincubation with 100μM of DHA and 1 μM of melatonin for 48 h. Values show the mean of relative density and SEM from three
different samples normalized to β-actin. For each blotting, the samples run in the same electrophoresis, and except for AR, the bands were
cropped, for group standard purposes. Statistical analysis of panels (a)–(e): (A) different from C; (B) different from DHA; (C) different
from MLT. (f) Cell proliferation rate after incubation with luzindole. Values show the mean of absorbance and SEM. Legend of panel (f):
LZ: luzindole. Statistical analysis of panel (f): ∗ different from incubation without luzindole. p < 0 05 was considered statistically different.
Three independent experiments were performed in triplicate (n = 9) for statistical analysis.
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4.3. Decrease in ROS Production by MLT Alone Is Associated
to Lower Cell Proliferation Rates. Because oxidative stress
apparently is a key factor for cell survival [18], we evaluated
the antioxidant potential of MLT. MLT is an expected anti-
oxidant agent which can scavenge free radicals directly or
by its metabolites [45], upregulate the expression and activity
of antioxidant enzymes, such as superoxide dismutase, gluta-
thione peroxidase, and catalase [46], or modulate mitochon-
drial activity [6, 47]. In the present study, our aim was to
validate on PNT1A cells the MLT antioxidant action and
not the mechanisms per se. Indeed, MLT was able to decrease
H2O2 and O2

●− production, combined or not to DHA. Our
data are in line with previous literature, since it was reported
that MLT, at the same concentration, decreased ROS in
isolated mitochondria from the liver [10]. Such an effect on
oxidative stress attenuation may be associated to the attenu-
ation of proton leak in mitochondria [48] or even decrease in
mitochondrial membrane potential, a well-known contribu-
tor to O2

●− production in vitro and in vivo [40]. Levels of
ROS production are closely related to OXPHOS [6], and
decrease in H2O2 and O2

●− described may be related to
improvement of the respiratory control ratio. It is worth
mentioning that complex II-supported respiration was cho-
sen based on the fact that such complex is invariable among
cancer cells [49] and it is an important site for ROS genera-
tion, while it also contributes to ROS either directly or indi-
rectly via reverse electron transfer [50]. To our knowledge,
this is the first report to show antioxidant properties of
MLT in PNT1A cells associated to improvement of the mito-
chondrial physiology. Because the increase in ROS genera-
tion had been related to expansion of mitochondrial area
and perimeter, we investigated if the decreased production
of reactive species associated to OXPHOS improvement also
affected organelle morphology. Thus, it was possible to
observe that mitochondrial function enhancement was

followed by decrease in organelle area and perimeter. The
findings herein suggest a quality control system that removes
fractions or the entirety of mitochondria with higher ROS
generation which may be harmful to organelle homeostasis.
On the other hand, we cannot discard that MLT effects on
mitochondria physiology may be a consequence of first
changes in organelle dynamics, as well as contribution of
antioxidant system enzyme modulation. Therefore, the pres-
ent study highlights new possibilities of MLT’s role as a reg-
ulator of mitochondrial function in prostatic epithelial cells.

The results observed here regarding proliferation of
PNT1A cells were different from the previous results [51],
since it was reported that MLT at 500μM or 10mM did
not affect cell proliferation. Such differences may be due to
conditions of incubation but also to higher cell density
seeded (104 cells/well) than what Gobbo and colleagues
[51] performed (3× 103 cells/well), which may be more suit-
able to clarify the differences between proliferation rates
among incubations. In the present study, OXPHOS improve-
ment and decrease in ROS production by MLT was probably
associated to AKT inactivation and decrease in cell prolifera-
tion. Our data may suggest an association with ATP, since its
increase may be associated to cell death [52]. MLT’s property
of modulating ATP levels was reported at different concen-
trations and systems due to several mechanisms, such as a
raise in ADP/O ratio and upregulation of β subunit of ATP
synthase [7–10]. Despite not being assessed, it is suggested
that OXPHOS improvement may be related to increase in
ATP levels in the cells. This hypothesis is in line with previ-
ous literature, since MLT in the liver and brain tissue, even
at lower concentrations (100 nM), was able to improve
OXPHOS through stimulation of complexes I and IV and
protection of these enzymes against oxidative damage, which
was closely related to increase in ATP production [7]. In this
context, the increase in ATP levels may suppress the AKT
pathway [53] and decrease survival, as observed here and
reported in breast cancer cells after administration of extra-
cellular ATP to the medium [54]. Therefore, this hormone
decreased cell proliferation probably due to the decrease in
ROS production that affected pathways of mitosis stimula-
tion and cell survivor. PCa progression is related to the rise
in oxidative stress and, together with our data, point to
mitochondrial bioenergetics’ role on cell arrest and suggest
that MLT is effective as antiproliferative agent acting in this
pathway (Figure 8(b)).

4.4. MLT Antioxidant Ability Apparently Is More Efficient at
the Mitochondrial Compartment. Higher lipid accumulation
probably was related to increased amounts of DHA. Such
omega-3 is metabolized primarily at the peroxisome fraction,
a well-known site of H2O2 generation, due to long-chain fatty
acid structure [19]. Regarding coincubation, H2O2 produc-
tion was increased and MLT was not able to decrease it.
Therefore, the antioxidant effects of MLT in the presence of
DHA were mainly at the mitochondrial compartment since,
despite not recovering to control levels, such hormone
decreased O2

●− levels possibly related to OXPHOS improve-
ment in DM. In addition, such decrease may attenuate
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Figure 7: Testosterone level in the medium. After incubations, the
medium was removed and testosterone level assessed by ELISA
assay. Values show mean of ng of testosterone/mL ×10−5
normalized by protein amount from cell lysate and SEM. Legend:
C: control (vehicle incubation); DHA: incubation with 100μM of
DHA for 48 h; MLT: incubation with 1μM of melatonin for 48 h;
DM: coincubation with 100μM of DHA and 1 μM of melatonin
for 48 h. Statistical analysis: (A) different from C. p < 0 05 was
considered statistically different. Three independent experiments
were performed in triplicate for statistical analysis.
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mitochondrial oxidative damage, which can be related to the
enhancement of MBRC observed in coincubation.

4.5. DHA and MLT Downregulate Cell Proliferation and
Survival Pathways. In PC3 and DU145 lines, DHA led to
AKT/mTOR suppression [18], whereas in PNT1A only the
activation of AKT decreased. This evidence may suggest a
different action of such omega-3 when distinct stages of pro-
liferative disorders are considered. Concerning MLT alone, it
suppressed the AKT/mTOR pathway, which is closely related
to decrease in cell proliferation. However, when coincubated
to DHA, MLT enhances the decrease in proliferation by acti-
vating ERK1/2. Despite being generally associated to prolifer-
ation stimulus, activation of ERK1/2 may also lead to cell
death mainly under stress conditions [55]. In PC3 cells, the
increase in oxidative stress reduced AKT activation, followed
by increased phosphorylation of ERK and cell proliferation
arrest [56], similar to what was observed in PNT1A in our
study after coincubation. Despite the fact that DHA alone
did not stimulate ERK1/2 activation, even under high ROS
production, in our in vitro model, this evidence highlights
that MLT could play a key role in the modulation of such
pathway. In addition, we also suggest that MLT combined
to increased oxidative stress, the ERK1/2 pathway is
strongly activated and therefore controls cell survival, as
reported previously [57]. It is worth mentioning that

higher levels of ERK activation may also be related to
GSTP1 upregulation [58].

Because androgen regulation is important for the survival
of prostate cells and PCa development, we analyzed if incu-
bation effects were related to the alteration in this pathway.
In the present incubations, DHA did not change testosterone
levels in medium or AR expression, which supports the
hypothesis that the antimitotic property of this omega-3 in
PNT1A cells was mainly due to alterations on oxidative sta-
tus. AR expression was also unchanged after MLT exposure,
regardless of DHA incubation. However, MLT influenced the
androgen levels in the medium, but due to methodologic lim-
itations, it is not clear if the release of testosterone or its
uptake was affected by MLT. Furthermore, Estrada and col-
leagues [59] demonstrated that in the presence of androgen,
ERK activation was increased and followed by cell prolifera-
tion decrease. Therefore, our study suggests that MLT may
improve antiproliferative effects due to an association
between mitochondrial bioenergetics, androgen pathway,
and ERK pathway, even in nontumor cells (Figure 8(c)),
although additional studies are needed to better understand
this issue.

Finally, we proved that PNT1A proliferation, when incu-
bated with MLT, was independent of MTR1 and MTR2 acti-
vation, both expressed in the prostate gland [60]. This
demonstrates that MLT uptake by PNT1A cells, already
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Figure 8: Proposed mechanism. (a) DHA increased ROS production, mainly O2
●−, leading to oxidative damage that may trigger

mitochondrial fusion as tentative to restoration of organelle function. Also, such fatty acid increased lipid accumulation which may
increase ROS. In this context, we hypothesize that DHA raised oxidative stress, therefore impairing mitochondrial function, which then
stimulated organelle fusion and led to area and perimeter increase as well as the recovery of OXPHOS, but not MBRC. In addition, DHA
also inhibited AKT activation which may be related to increase in oxidative damage and decrease in cell proliferation. (b) MLT decreased
ROS production, both O2

●− and H2O2, and improved OXPHOS which may be associated to AKT/mTOR inactivation. (c) DHA increased
oxidative damage which was not neutralized by MLT, but together (DM) amplified the antiproliferative effect probably due to AKT and
ERK1/2 regulation. MLT, alone or coincubated, stimulated ERK1/2 activation as well as androgen uptake, but the mechanism is not clear.
Also, MLT coincubated with DHA-stimulated GSTP1 expression probably due to ROS increase. Legend: DHA: docosahexaenoic acid;
MLT: melatonin; DM: coincubation; O2

●−: superoxide anion production; H2O2: hydrogen peroxide; ATP: adenosine triphosphate;
OXPHOS: oxidative phosphorylation; MBRC: mitochondrial bioenergetics reserve capacity; ROS: reactive oxygen species. Dashed lines,
mechanism proposed based on the literature; solid lines, effects and correlations based on observed results.
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reported previously [26], activated pathways regardless of
membrane receptors and had a key role in mitochondrial
activity modulation and oxidative stress control.

5. Conclusion

Our data indicates that PNT1A cells are less sensitive to DHA
than advanced cancer cell lines; however, at 100μM this
omega-3 reduced the proliferation rate due to the increase
in ROS production at cytotoxic levels and possibly associated
to the inhibition of AKT activation. It is important to empha-
size DHA hormetic behavior in PNT1A cells, because at
lower concentrations it stimulated cell proliferation. This
finding highlights the need for further studies, concerning
dietary supplementation with this PUFA, mainly in men at
risk of PCa development. Furthermore, MLT at 1μM
increased OXPHOS, decreased ROS production, and exerted
an antimitogenic effect via AKT inactivation and ERK1/2
activation regardless of binding in MTR1 or MTR2. More-
over, MLT improved in vitro DHA antiproliferative effect,
which may open new possibilities of chemopreventive strate-
gies, mainly at early stages of prostate proliferative disorders.
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Delayed graft function is an early complication following kidney transplantation with an unclear molecular mechanism. Here we
determined whether impaired reactive aldehyde metabolism is associated with delayed graft function. Human kidney biopsies from
grafts with delayed graft function were compared with grafts that did not develop delayed graft function by Ingenuity gene pathway
analysis. A second series of grafts with delayed graft function (n = 10) were compared to grafts that did not develop delayed graft
function (n = 10) by measuring reactive aldehyde metabolism, reactive aldehyde-induced protein adduct formation, and aldehyde
dehydrogenase (ALDH) gene and protein expression. In the first series of kidney biopsies, several gene families known for
metabolizing reactive aldehydes, such as aldehyde dehydrogenase (ALDH), aldo-keto reductase (AKR), and glutathione-S
transferase (GSTA), were upregulated in kidneys that did not develop delayed graft function versus those that did. In the second
series of kidney grafts, we focused on measuring aldehyde-induced protein adducts and ALDH enzymatic activity. The reactive
aldehyde metabolism by ALDH enzymes was reduced in kidneys with delayed graft function compared to those that did not
(37± 12∗ vs. 79± 5 μg/min/mg tissue, ∗P < 0 005, respectively). ALDH enzymatic activity was also negatively correlated with
length of hospital stay after a kidney transplant. Together, our study identifies a reduced ALDH enzymatic activity with kidneys
developing delayed graft function compared to those that did not. Measuring ALDH enzymatic activity and reactive aldehyde-
induced protein adducts can potentially be further developed as a biomarker to assess for delayed graft function and recovery
from a kidney transplant.

1. Introduction

Organ transplantation, including kidney transplantation, is a
known and planned occurrence of organ reperfusion injury.
Reperfusion injury in turn can trigger delayed graft function,
resulting in the deferred functional recovery of the donor
kidney following kidney transplantation.

Delayed graft function detrimentally affects renal func-
tion and graft longevity and is a risk factor for acute kidney
rejection [1, 2]. The incidence of delayed graft function in
deceased donor kidneys is ~25% and perhaps as high as
50% for kidneys from cardiac death donor organs [3, 4].
Additionally, the incidence of delayed graft function is

steadily rising due to the increased use of marginal donor
grafts secondary to organ transplant shortages. As a conse-
quence, delayed graft function leads to reduced graft func-
tion, prolonged hospital admissions, increased demand of
donor kidneys for retransplantation secondary to rejection,
and a higher economic societal burden [5]. Several defini-
tions exist for delayed graft function [6]. For this manu-
script, we define delayed graft function as the requirement
of dialysis within the first 7 postoperative days of a kidney
transplant [6].

During reperfusion of an organ, reactive oxygen spe-
cies produced at the mitochondria causes lipid peroxidation
which generates reactive aldehydes which can impair cellular
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functions [7–9]. The reactive aldehydes produced include acet-
aldehyde, malondialdehyde (MDA), and 4-hydroxynonenal
(4-HNE). To metabolize these reactive aldehydes, several
protein families such as glutathione-S reductase, aldo-keto
reductase, and aldehyde dehydrogenase gene families con-
tribute to metabolizing aldehydes produced within the cell
[7, 10, 11].

Although kidney transplants from living donors are less
susceptible to delayed graft function when compared to
grafts from deceased donors [1], the differences in molecular
biology have not been extensively studied. Here we used
human renal biopsies from transplanted deceased donor kid-
neys who developed delayed graft function and compared the
molecular differences using gene arrays to kidneys from liv-
ing donor transplants that did not develop delayed graft
function. From this approach, we here suggest that impaired
reactive aldehyde metabolism by ALDH enzymes is associ-
ated with delayed graft function.

2. Materials and Methods

2.1. Patient Enrollment. The study protocol was approved
by the medical ethics committee at the Leiden University
Medical Center. Written informed consent was obtained
from each patient.

Paired renal cortical biopsies were obtained at the end of
the cold ischemic period (prior to implantation) and 45min
after reperfusion of the kidney in the recipient. Kidney biop-
sies from an initial 18 donor kidneys were used to conduct
the whole genome array portion of the study (Figure 1(a)).
We then obtained an additional 10 paired renal biopsies from
living donor kidneys that did not develop delayed graft func-
tion and 10 paired renal biopsies from deceased donor kid-
neys that developed delayed graft function. Details regarding
enrollment and patient demographics are described in detail
(Tables 1 and 2).

Renal allografts were perfused and stored with either
University of Wisconsin solution or Custodiol® HTK (his-
tidine–tryptophan–ketoglutarate) solution. None of the
grafts were machine perfused. For renal transplantation,
all patients were induced by propofol, sufentanil, and atra-
curium. Patients were intubated in addition to a central
venous catheter used for intraoperative monitoring.
Patients received basiliximab (day 0 and 4) as immunosup-
pressive induction. Patients were maintained on tacrolimus
or cyclosporine A, mycophenolate mofetil, and steroids for
immunosuppression.

Biopsies were taken from the upper pole of the kidney.
For biopsies taken after reperfusion, a spring-loaded auto-
matic biopsy needle was used (16Ga Travenol). Tissue was
snap frozen in liquid nitrogen and stored at −80°C and
labeled with a unique identifier, blinding the person perform-
ing the analysis. For the genome array studies, all samples
were analyzed together after the groups were collected. The
validation studies were also performed after the tissue was
obtained, selectively using only tissue from deceased donors
who developed delayed graft function after transplantation.

The transplanted patients were also followed during their
hospital stay. The length of hospital stay after transplantation

in addition to glomerular filtration rate at postoperative day 7
was also assessed. Patients were considered as developing
delayed graft function if they were in need of dialysis within
the first week after transplantation. For those requiring dial-
ysis, acute rejection was excluded as a cause of delayed graft
function by renal biopsy. Surgical complications of the trans-
plant procedure were also excluded as a source of delayed
graft function. Further, if transplant recipients required one
episode of dialysis after transplantation due to incident
hyperkalemia, these grafts were also not included as having
delayed graft function.

2.2. Genome Array. Paired biopsies were taken for the
patients undergoing renal transplantation with one biopsy
prior to transplantation and one biopsy 45 minutes after
transplant reperfusion. From these renal biopsies, total
RNA was extracted using RNAzol (Campro Scientific, Vee-
nendaal, Netherlands) and glass beads. The integrity of each
RNA sample was examined by Agilent Lab-on-a-chip tech-
nology using the RNA 6000 Nano LabChip kit and a Bioana-
lyzer 2100 (Agilent Technologies, Amstelveen, Netherlands).
RNA preparations were considered suitable for array hybrid-
ization only if samples showed intact 18S and 28S rRNA
bands and displayed no chromosomal peaks or RNA degra-
dation products (RNA integrity number >8.0). Microarray
analysis was performed using Illumina whole-genome gene
expression BeadChips (Illumina BeadArray®, San Diego,
USA) according to the manufacturer’s instructions at the Ser-
vice XS facility in Leiden.

The tissue biopsies collected from the two groups were
run on separate gene arrays. The 2 paired tissue biopsies
obtained for each transplanted kidney resulted in running
36 gene arrays for the tissue biopsies that were collected.
The gene arrays obtained were analyzed by a statistician at
the University of Leiden blinded to the identification of the
groups of tissue biopsies collected. An average replicate value
was calculated and log2 ratios were computed by comparing
the matched pair biopsies and the gene expression differences
for each transplanted kidney prior to and after reperfusion.
One value per gene was calculated for the average expression
of multiple probes with the same Entrez gene identification,
resulting in 15,093 unique gene profiles. The unique gene
profiles obtained from the whole genome array were ana-
lyzed by Ingenuity pathway analysis (Redwood City, CA,
USA).

2.3. Biochemical Assays. In addition to biopsies collected for
gene array studies, 20 transplanted kidneys were used to per-
form further biochemical analysis which included qPCR,
western blot (for aldehyde-induced protein adduct and pro-
tein expression), and aldehyde enzymatic activity assays.

For qPCR, RNA was isolated from kidney biopsies taken
at the end of the cold ischemic period. Kidney biopsy lysates
were made by sonification, and RNA was isolated by the use
of Ambion© RNAqueous Kit. To substantially reduce the
possibility of DNA contamination in the preparations, the
isolated total RNA was subject to precipitation with lithium
chloride and DNase digestion (Ambion DNase-free). cDNA
was made using the Takara© Primescript cDNA synthesis
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kit with oligo dT primers. qPCR reactions were performed in
a final volume of 20μl that contained 15μl of Fast SYBR©
Green Master Mix (Life Technologies), 1000 nM primer
(ALDH2, ALDH7A1, or GAPDH) or 500nM primer
(ALDH4A1), and 10ng cDNA. The cycling protocol was 20
seconds at 95°C, followed by 40 cycles of 3 seconds at 95°C
and 30 seconds at 61°C. The melt curve protocol was 15 sec-
onds at 95°C, followed by a minute at 60°C, followed by a
gradual temperature increase from 60°C to 95°C (+0.03°C
per 15 seconds) in 42 minutes.

Western blot analysis was used to quantify 4-HNE-
induced protein adducts in addition to protein expression
of ALDH enzymes. For western blot analysis, kidney biopsies
taken 45 minutes after reperfusion were homogenized in
mannitol-sucrose buffer (210mM mannitol, 70mM sucrose,
MOPS 5mM, and EDTA 1mM, pH7.4) with protease and
phosphatase inhibitors (1 : 300, Sigma protease inhibitor
cocktail, Sigma phosphatase inhibitor cocktail 2, and phos-
phatase inhibitor cocktail 3) using a glass homogenizer
(Wheaton, 1mL tissue grinder). Homogenates were subse-
quently collected and spun at 800 g× 10 minutes to remove
nuclei and debris. The supernatant was collected and protein
counts were obtained by Bradford assay and samples were
normalized to μg protein. Western blot was performed as
described [12]. Primary antibodies used included anti-
4HNE (rabbit, Alpha Diagnostics, 1 : 500), ALDH2 (goat,
Santa Cruz, 1 : 1000), ALDH4A1 (rabbit, Abcam #EPR14287,
1 : 1000), ALDH7A1 (rabbit, Abcam, #EP1934Y, 1 : 1000),
and ALDH1A1 (rabbit, Abcam, #EP1993Y, 1 : 1000). Second-
ary antibodies were used at 1 : 3000 consisting of anti-goat
(Santa Cruz) and anti-rabbit (Sigma). Density of bands was
measured by ImageJ and normalized to GAPDH (Santa
Cruz, #47724, 1 : 3000).

To determine ALDH enzyme activity, 25μg of protein
were used. ALDH enzyme activity was measured spectropho-
tometrically (340 nm) by analyzing the reaction of NAD+ to
NADH as previously described [7, 12]. The activity assay was
performed at 25°C in 50mM sodium pyrophosphate buffer
(pH9.4), 2.5mM NAD+, and 10mM acetaldehyde was used
as substrate. ALDH enzyme activity was converted to μmole
NADH/min/mg of protein.

2.4. Statistical Analysis. Sample sizes were chosen for this
study based on previous experience the University of Leiden
has on conducting clinical studies regarding ischemia-
reperfusion injury in human kidney transplantation [13,
14]. SPSS 22.0 (SPSS, Chicago, IL) was used for gene array
statistical analysis. For pathway analysis, data is represented
as P values for the change in expression comparing the paired
biopsies, fitting into predefined pathways. P values are
expressed as the –log P value. Results were then analyzed
by biostatistical methods using average replicate values for
each group of samples. Log2 ratios were computed and one
value per gene was calculated for the average expression of
probes with the same Entrez gene ID. For qPCR and protein
assays, data was analyzed with GraphPad prism.

3. Results

Changes in gene pathway p-values using Ingenuity pathway
analysis were calculated and initially reported [15]. Here,
we analyzed the gene array data by comparing the gene array
of a biopsy taken 45 minutes after reperfusion compared to
the paired biopsy gene array taken at the end of cold ische-
mia. When looking at these differences for each group, we
identified 10 signaling pathways that were induced with the
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Figure 1: Changes in ALDH enzymes found by gene array studies. (a) Experimental scheme for biopsies. 10 paired renal biopsies from
kidneys that did not develop delayed graft function and 8 paired renal biopsies that developed delayed graft function were obtained. One
biopsy was taken prior to transplant at the end of cold ischemia. The second biopsy was taken after transplant and reperfusion 45 minutes
after the cross-clamp was removed. (b) Of the genes identified by Ingenuity pathway analysis, several gene families are identified to be
involved in reactive aldehyde metabolism. (c), (d) ALDH2 and ALDH7A1 were statistically significant between kidneys that did not
develop delayed graft function compared to kidneys developing delayed graft function (∗P < 0 01). (e) ALDH4A1 nearly reached statistical
significance (#P = 0 05). (f) ALDH1A1, another ALDH family member, did not change between living donor kidneys compared to kidneys
that developed delayed graft function. (-) = donor kidneys without delayed graft function; (+) = donor kidneys with delayed graft function.
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highest differences in p-values in kidneys which did not
develop delayed graft function compared to the kidneys
which developed delayed graft function (Table 3). In particu-
lar, when examining these differences, distinct genes were
upregulated for only the kidney biopsies that did not develop
delayed graft function at reperfusion when compared to the
kidney biopsies that developed delayed graft function for
these pathways (Table 3).

Genes that contribute to aldehyde metabolism were
identified in this gene array including the family of aldehyde
dehydrogenaseenzymes(ALDH2,ALDH4A1,andALDH7A1),
aldo-keto reductases (AKR1A1), andglutathione-S-transferases
(GSTA1, GSTA2, GSTA3, and GST5) known to metabolize

reactive aldehydes typically generated by the mitochondria
during reperfusion (Figure 1(b)). Together, these results sug-
gest that differences exist in the reactive aldehyde produc-
tion and metabolism within donor kidneys that developed
delayed graft function versus those that did not.

We further examined the gene array expression for
ALDH2, ALDH4A1, and ALDH7A1 in addition to the other
ALDH family of enzymes. Other ALDH enzymes (besides
the cytosolic enzymes ALDH3A2 and ALDH1L1 unknown
to be involved in aldehyde metabolism) remained unchanged
(Supplemental Figure 1). ALDH2 and ALDH7A1 were
significantly higher in the living donor grafts compared to
the grafts with delayed graft function (ALDH2: 1919.4± 86.7

Table 1: Patient characteristics for gene array studies.

Living donor
kidney transplant

(n = 10)

Deceased donor
kidney transplant

(n = 8)
Age of recipient (yrs) 49± 5 56± 4
Sex of recipient (% males) 60% 50%

Age of donor (yrs) 52± 2 49± 6
Sex of donor (% males) 30% 75%

Cold ischemia time (min) 213± 12 1001± 96∗

Hospital stay (days) 8± 1 15± 2∗

Recipient cause of renal failure

Glomerulonephritis 40% 12.5%

Polycystic kidney disease 20% 25%

Diabetes mellitus type 2 10% 12.5%

Obstructive uropathy 10% 0%

Malignant hypertension 0% 0%

Renal failure 20% 50%

Donor cause of death

Living donor 100%

CVA 0%

SAB 25%

Trauma 37.5%

CA-OHCA-AMI 25%

Suicide 0%

Miscellaneous 12.5%

Histocompatibility (HLA mismatches, %)

0 10% 12.5%

1 10% 25%

2 10% 25%

3 20% 25%

4 20% 12.5%

5 20% 0%

6 10% 0%

A total of 18 patients were included. When comparing recipients of a living
donor transplant to recipients of a deceased donor transplant, significant
differences were noted for duration of ischemia time, and length of
posttransplantation hospital stay. ∗P < 0 01, CVA = cerebral vascular
accident, SAB = subarachnoid bleeding, CA = cardiac arrest, OHCA= out
of hospital cardiac arrest, AMI = acute myocardial infarction. Data
represents mean ± SEM.

Table 2: Patient characteristics for validation studies.

Living donor
kidney transplant

(n = 10)

Deceased donor
kidney transplant

(n = 10)
Age of recipient (yrs) 58± 4 56± 4
Sex of recipient (% males) 70% 60%

Age of donor (yrs) 58± 2 57± 4
Sex of donor (% males) 50% 70%

Cold ischemia time (min) 221± 18 900± 88∗

Hospital stay (days) 8± 2 15± 3∗

Recipient cause of renal failure

Glomerulonephritis 40% 30%

Polycystic kidney disease 20% 20%

Diabetes mellitus type 2 0% 20%

Obstructive uropathy 10% 10%

Malignant hypertension 10% 10%

Renal failure 20% 10%

Donor cause of death

Living donor 100%

CVA 20%

SAB 20%

Trauma 20%

CA-OHCA-AMI 30%

Suicide 10%

Miscellaneous 0%

Histocompatibility (HLA mismatches, %)

0 0% 10%

1 10% 10%

2 0% 30%

3 10% 40%

4 20% 0%

5 40% 10%

6 20% 0%

A total of 20 patients were recruited. When comparing recipients of a
living donor transplant to recipients of a deceased donor transplant,
significant differences were noted for developing delayed graft function,
duration of ischemia, and length of posttransplantation hospital stay.
∗P < 0 01, CVA = cerebrovascular accident, SAB = subarachnoid bleeding,
CA = cardiac arrest, OHCA= out of hospital cardiac arrest, AMI = acute
myocardial infarction.
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versus 1314.5± 76.6∗, ALDH7A1: 1739.9± 65.5 versus
1230.4± 83.1∗, ∗P = 0 001) with ALDH4A1 just at statistical
significance (1324.1± 34.7 versus 1102.9± 105.9; p = 0 05,
Figures 1(c)–1(e)). As a comparison, no differences were
seen for the cytosolic ALDH enzymeALDH1A1 (Figure 1(f)).

Since the gene array findings suggest a link to reactive
aldehyde metabolism, we further examined reactive aldehyde
metabolism and aldehyde-induced protein adducts by obtain-
ing paired biopsies from additional grafts that did not develop
delayed graft function and donor kidney grafts that developed
delayed graft function. For these biopsies, we determined the
ALDH-dependent enzymatic activity to metabolize reactive
aldehydes (using the substrate NAD+) in addition to 4-
hydroxynonenal- (4-HNE-) induced protein adducts for
biopsies taken 45 minutes after reperfusion. The total ALDH
enzymatic activity was significantly higher for donor kidney
biopsies without delayed graft function when compared to
biopsies from kidneys that developed delayed graft function
(Figure 2(a): 78.6± 4.7 vs. 36.9± 11.5∗μg/min/mg protein, n
= 8/group, ∗P < 0 005). Additionally, the amount of 4-
hydroxynonenal-induced protein adducts in the reperfused

kidneys was significantly higher for kidneys developing
delayed graft function versus those that did not (Figure 2(b),
4-HNE adducts: 1.2± 0.2 vs. 1.9± 0.3∗, n = 10/group, ∗P <
0 028, n = 10/group).

Since a full analysis of the ALDH, AKR, and GSTA
enzyme classes identified through gene array was not feasi-
ble to examine in human tissue biopsies based upon the
biopsy sample size, we chose 3 candidate genes from our
array that appeared in high frequency within the signaling
pathways. These members of the aldehyde dehydrogenase
gene family, ALDH2, ALDH7A1, and ALDH4A1, metabo-
lize reactive aldehydes in a NAD-dependent fashion and
can protect against cellular stress [7, 8, 16, 17]. Therefore,
we focused on examining expression for the ALDH enzymes
ALDH2, ALDH4A1, and ALDH7A1 with ALDH1A1 used
as a control.

We performed qPCR on all biopsy samples obtained
prior to kidney transplantation. The details of the primer
design and validation for ALDH2, ALDH4A1, ALDH7A1,
and ALDH1A1 are described (Figure 3(a) and Supplemental
Figure 2). Significant differences were noted when calculating

Table 3: Gene array differences from living compared to deceased donor kidney biopsies.

Pathway
Difference
in value

Genes only upregulated in living donor
Genes only
upregulated in
deceased donor

Common

Serotonin degradation 6.59
ALDH4A1, ALDH2, ALDH7A1, ALDH3A2,
ADH6, UGT2B7, UGT2B10, UGT2A3,
UGT1A9, AKR1A1, SMOX, DHRS4

None None

Tryptophan degradation 5.54
ALDH4A1, ALDH2, ALDH7A1,
ALDH3A2, AKR1A1, DDC, SMOX

None None

Histamine degradation 5.34
ALDH4A1, ALDH2, ALDH7A1,
ALDH3A2, HNMT, ABP1

None None

Ethanol degradation II 5.03
ALDH4A1, ALDH2, ALDH7A1, ALDH3A2,
ADH6, AKR1A1, ACSS2, DHRS4

None None

NRF-2-mediated oxidative
stress response

4.82

AKR7A2, AKR1A1, FTL, NQO2, ABCC2, MAF,
GSTA5, SCARB1, FMO1, GSTA1, GSTA2, GSTA3,
MGST1, PRKCQ, ACTB, ACTG1, MGST2,
MAP2K3, SQSTM1, AOX1, EIF2AK3, EPHX1

UBB, JUNB,
DNAJA1, DNA

FOS, JUN, JUND,
DNAJA4, DNAJB11,

MAFF

Xenobiotic metabolism
signaling

4.63

ALDH4A1, ALDH7A1, ALDH3A2, ALDH8A1, FTL,
UGT2B7, NQO2, ABCC2, MAF, GSTA5, CYP3A7,
HS6ST2, SMOX, FMO1, GSTA1, GSTA2, GSTA3,
MGST1, PRKCQ, UGT2B10, UGT8, PPP2R5A,
MGST2, MAP2K3, EIF2AK3, UGT1A9

CITED2,
MAP3K8, TNF,
HSP90AB1,
HSP90AA1

None

Noradrenaline and
adrenaline degradation

4.33
ALDH4A1, ALDH2, ALDH7A1, ALDH3A2,
ALDH8A1, ADH6, AKR1A1, SMOX, DHRS4

None None

LPS/IL-1-mediated
inhibition of RXR function

4.14

ALDH4A1, ALDH7A1, ALDH3A2, ALDH8A1,
GSTA1, GSTA2, GSTA3, GSTA5, APOE, MGST1,
SLC27A2, ACOX2, ABCC2, CYP3A7, IL1R2,
MGST2, SCARB1, NR5A2, HS6ST2, FMO1, SMOX

ALAS1, HMGCS1,
TNF

ACSL3, JUN,
NR0B2

Glutathoine-mediated
detoxification

4.12
GSTA1, GSTA2, GSTA3, GSTA5,
MGST1, MGST2, GGH

None None

Oxidative ethanol
degradation

3.98 ALDH4A1, ALDH2, ALDH7A1, ALDH3A2, ACSS2 None ACSL3

Whole genome array changes before and after kidney transplantation were compared from each donor kidney that did not develop delayed graft function
(living donor) with those that did develop delayed graft function (deceased donor) using Ingenuity pathway analysis. The difference in P-values between
gene arrays sets were the highest for the 10 signaling pathways listed. Specific genes that were only upregulated in living donor kidneys and deceased donor
kidneys are listed. Further, genes that were upregulated in both kidneys that developed delayed graft function versus those that did not are also listed.
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a delta Ct (normalized to GAPDH) for donor kidneys that
did not develop delayed graft function when compared to
those donor kidneys that developed delayed graft function
(Figures 3(b)–3(d), n = 10/group, ALDH2: 3.3± 0.8 vs. 5.7
± 0.8∗, ALDH7A1 3.7± 0.4 vs. 5.6± 0.6∗, and ALDH4A1:
2.5± 0.3 vs. 4.6± 0.6∗∗, ∗P < 0 01, ∗∗P < 0 001, reported as
delta Ct values normalized to GAPDH). As a comparison,
ALDH1A1 was unchanged (Figure 3(e)).

We also quantified the levels of protein expression by
western blot for ALDH2, ALDH7A1, and ALDH4A1. Both

ALDH7A1 and ALDH4A1 had significant changes in protein
expression between the two groups (Figure 4(a), ALDH7A1:
1.2± 0.1∗ vs. 0.7± 0.07, ∗P < 0 001, Figure 4(b), ALDH4A1:
1.7± 0.3∗ vs. 0.9± 0.1, ∗P < 0 017). Western blot for ALDH2
also showed a relative change in expression that did not
reach statistical significance (Figure 4(c), ALDH2: 5.2± 1.1
vs. 4.0± 0.6).

Since our results suggested that impaired reactive
aldehyde metabolism may be associated with delayed graft
function, we further examined whether cold ischemia times
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Figure 2: ALDH enzyme activity and 4-HNE protein-induced adduct formation taken from biopsies of kidneys 45 minutes after reperfusion.
(a) ALDH enzymatic activity when challenged with acetaldehyde. n = 8/group, ∗P < 0 005; (b) 4-hydroxynonenal-induced protein adducts.
Representative western blot in addition to quantification by densitometry. Western blots were normalized to GAPDH. (-) = donor kidneys
without delayed graft function; (+) = donor kidneys with delayed graft function, n = 10/group, ∗P < 0 05.
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AAGGCCTTGTCCCCTTCAG

GCACAGATCCGAGTTGGGAA
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Figure 3: qPCR studies for kidney biopsies taken prior to transplant. For a separate series of kidney transplants, biopsies were collected for
qPCR. (a) PCR primers used for qPCR. qPCR reactions were performed in a final volume of 20μl that contained 15μl of Fast SYBR© Green
Master Mix (Life Technologies), 1000 nM primer (ALDH2, ALDH7A1 or GAPDH) or 500 nM primer (ALDH4A1), and 10 ng cDNA. (b–e)
qPCR results for (b) ALDH2, (c) ALDH7A1, (d) ALDH4A1, and (e) ALDH1A1. ALDH2, ALDH7A1, and ALDH4A1 by qPCR were
significantly elevated in kidneys that did not develop delayed graft function versus those kidneys that developed delayed graft function
(n = 10/group, ∗P < 0 05). Ct values of each gene were normalized to GAPDH to calculate the delta Ct value. (-) = donor kidneys without
delayed graft function; (+) = donor kidneys with delayed graft function.
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influenced ALDH enzymatic activity. Generally, the cold
ischemia times in the kidneys that did not develop delayed
graft function was less compared to the kidneys that devel-
oped delayed graft function (Table 2, living donor without
delayed graft function: 221± 18minutes versus deceased
donor with delayed graft function: 900± 88∗ minutes, ∗P <
0 01). No correlation between ALDH enzymatic activity
and cold ischemia times for living donor grafts without
delayed graft function was found, and the range of cold ische-
mia time for these kidneys was small (Figure 5(a) 6 of 8 sam-
ples had cold ischemia times between 210-240minutes).
Further, in grafts that did develop delayed graft function, a
wider range of cold ischemia times existed; however, no asso-
ciation between ALDH enzymatic activity and cold ischemia
times was found (Figure 5(b)).

However, ALDH enzymatic activity was also examined in
relation to glomerular filtration rate (GFR) measured in
patients at postoperative day 7 and length of hospital stay.
Interestingly, those kidney biopsies that had lower ALDH
enzymatic activity also had a lower GFR at day 7 (Figure 5(c):
GFR <10: 30± 12∗, GFR 10-60: 49± 25, GFR >60: 79± 5μg/
min/mg protein, n = 5, n = 3, and n = 8, respectively, ∗P =
0 013 vs. GFR >60 group). In addition, an inverse associa-
tion also existed with ALDH enzymatic activity when com-
pared to the length of hospital stay (Figure 5(d): r = −0 58
by Pearson coefficient, P = 0 0183).

4. Discussion

Here we describe an important role by enzymes within the
human kidney to metabolize reactive aldehydes produced
during reperfusion of an organ transplant. We suggest
quantifying the enzymatic activity to metabolize reactive
aldehydes coupled with reactive aldehyde-induced protein
adduct levels may be useful in possibly predicting delayed
graft function and recovery from a kidney transplant. Our
results suggest that measuring the overall reactive aldehyde
balance within the donor kidney may be important in
understanding which transplants may be at risk for

developing delayed graft function. These initial findings
may potentially lead to developing a cellular biomarker
based on reactive aldehyde production and metabolism to
predict delayed graft function.

Presently, several biomarkers are being investigated for
their ability to predict delayed graft function including
neutrophil gelatinase-associated lipocalin (NGAL), kidney
injury molecule 1 (KIM-1), interleukin18 (IL-18), klotho,
cystatin C, and liver type fatty acid binding protein (L-
FABP) [18–20]. Recently, NGAL blood levels taken from
brain-dead kidney donors prior to kidney graft harvesting
could not predict the development of delayed graft function
[20]. Additionally, the idea of combining several biomarkers
to detect delayed graft function was proposed, with a possible
triple biomarker approach of serum malondialdehyde, cysta-
tin C, and creatinine [21].

Although associations exist between serum malondial-
dehyde levels and delayed graft function [21, 22], serum
malondialdehyde may underestimate the cellular damage
contributed to lipid peroxidation. This is since ~95% of
malondialdehyde is in the bound form with only 5% being
free to measure in the serum for patients with end-stage renal
disease [23]. Therefore, assessing both reactive aldehyde-
induced protein levels and reactive aldehyde metabolism
may provide a means to develop complementary biomarkers
in order to predict delayed graft function. Even though our
results were from kidney biopsies and not measured from cir-
culating blood levels, we suggest that measuring the state of
reactive aldehyde production and metabolism may poten-
tially be useful in predicting delayed graft function rather
than assessing specific protein biomarkers or reactive alde-
hyde levels within the blood.

Our data also examined ALDH7A1, ALDH4A1, and
ALDH2 within the ALDH enzyme family suggesting that
these enzymes are involved and contribute to a decreased
reactive aldehyde metabolism seen in kidneys developing
delayed graft function. However, the contribution of other
families of enzymes such as AKR and GSTA cannot be
excluded. Although protein expression was not significantly
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Figure 4: Western blot of ALDH7A1, ALDH4A1, and ALDH2 taken from biopsies of kidneys 45 minutes after reperfusion. (a–c) Western
blots for (a) ALDH7A1, (b) ALDH4A1, and (c) ALDH2. All western blots were normalized to GAPDH. Both ALDH7A1 and ALDH4A1 were
significantly different in kidneys that did not develop delayed graft function versus those kidneys that developed delayed graft function.
(-) = donor kidneys without delayed graft function; (+) = donor kidneys with delayed graft function, n = 10/group, ∗P < 0 05.
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changed for ALDH2 in our study, it cannot be ruled out that
ALDH2 was posttranslationally modified by reactive alde-
hydes. To identify posttranslational modifications, immuno-
precipitation of an enzyme (such as ALDH2) followed by
western blot for aldehyde-induced protein adducts could be
performed. However, the amount of protein needed to con-
duct this type of study exceeded the amount obtained from
a renal biopsy for our study. Based upon prior studies per-
formed in vitro, 4-HNE can inhibit human recombinant
ALDH2 resulting in a decreased capability for the enzyme
to metabolize reactive aldehydes [24]. At 50 μM 4-HNE,
most of the effect is reversible; however, at 500 μM 4-HNE
concentrations, this effect is noted to be irreversible [24].
Since with increases in oxidative stress blood levels of 4-
HNE in humans can increase 10- to 100-fold [25], the reac-
tive aldehydes generated during kidney reperfusion likely
can cause a partial inhibition of ALDH enzymes. This inhibi-
tion can potentially contribute to the decreased reactive alde-
hyde metabolism we identified for our study in kidneys that
developed delayed graft function.

In the era of precision medicine, it is also important to
determine how genetic polymorphisms in mitochondrial
ALDH enzymes may affect reactive aldehyde metabolism
and delay graft function. In particular, ~560 million people
in the world have a genetic variant of ALDH2, ALDH2∗2,
which severely limits the metabolism of reactive aldehydes
[26]. Although no study has associated with an ALDH2∗2
variant as a predictor of delayed graft function, this may

be due to organ transplantation (and in particular kidney
transplantation) numbers that are traditionally low in
East Asia compared to the rest of the world secondary
to cultural reasons [27]. Further, very little is known
regarding whether a genetic polymorphism in ALDH7A1
which decreases the enzymatic activity may also affect
cellular function during organ transplantation. However,
ALDH7A1 overexpression protects from both cellular toxic-
ity and hyperosmotic stress [16, 28]. Therefore, the effects
of either the donor or recipient having a genetic polymor-
phism in mitochondrial ALDH enzymes warrants further
study [7, 12].

Our study does have a number of potential limitations
that need to be considered when interpreting the data pre-
sented. Although we show an importance of reactive alde-
hyde production and metabolism in delayed graft function,
we could not conclusively identify all the enzymes involved
based on the size of the kidney biopsy obtained. Therefore,
we only focused on 3 ALDH enzymes even though AKR
and GSTA family members also had an increased gene
expression for kidneys that did not develop delayed graft
function. Additionally, the decreased protein expression
observed might also be due to loss of cell and mitochondrial
integrity since donor death itself induces metabolic dysregu-
lation and mitochondrial dysfunction. We also compared
grafts from living donor kidneys to deceased donor kidneys
that developed delayed graft function. Further studies will
be needed to compare reactive aldehyde production and
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Figure 5: Association of ALDH enzymatic activity with transplant outcomes. (a) The level of ALDH enzymatic activity measured from the
renal biopsy at 45 minutes after reperfusion during transplantation was associated with GFR at day 7 (GFR <10 n = 5, GFR 10-6 n = 3,
GFR >60 n = 8. ∗P = 0 013 versus >60 GFR group). (b) ALDH enzymatic activity was also negatively correlated with the length of hospital
stay. n = 16, ∗P = 0 0183.
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metabolism also in deceased donor kidneys that did not
develop delayed graft function as the effect we identify may
be secondary to comparing living donor kidneys to deceased
donor kidneys.

The study is also an association study and will require
further validation both in experimental models and in the
clinical realm. Although we did find associations for alde-
hyde enzymatic activity with GFR and length of hospital stay,
these associations should be considered with caution as many
factors contribute to the postoperative recovery from a
kidney transplant and a larger study would be important
to confirm these findings.

Together, we suggest that a decreased ability to metabo-
lize reactive aldehydes in donor kidneys that develop delayed
graft function occurs (Figure 6). This diminished metabolism
of reactive aldehydes can result in aldehyde adducts forming
on proteins that can potentially impair cellular functions by
producing changes in enzyme activity, ion channel gating,
and mitochondrial energetics [7, 29–31].
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Wfs1 deficiency leads to a progressive loss of plasma insulin concentration, which should reduce the consumption of glucose in
insulin-dependent tissues, causing a variety of changes in intracellular energy metabolism. Our objective here was to assess the
changes in the amount and function of mitochondrial proteins in different muscles of Wfs1-deficient mice. Mitochondrial
functions were assayed by high-resolution oxygraphy of permeabilized muscle fibers; the protein amount was evaluated by
liquid chromatography tandem mass spectrometry (LC/MS/MS) analysis and mRNA levels of the uncoupler proteins UCP2 and
UCP3 by real-time PCR; and citrate synthase (CS) activity was determined spectrophotometrically in muscle homogenates.
Compared to controls, there were no changes in proton leak and citrate synthase activity in the heart and m. soleus tissues of
Wfs1-deficient mice, but significantly higher levels of both of these factors were observed in the m. rectus femoris; mitochondrial
proteins and mRNA of UCP2 were also higher in the m. rectus femoris. ADP-stimulated state 3 respiration was lower in the
m. soleus, remained unchanged in the heart, and was higher in the m. rectus femoris. The mitochondrial protein amount and
activity are higher in Wfs1-deficient mice, as are mitochondrial proton leak and oxygen consumption in m. rectus femoris.
These changes in muscle metabolism may be important for identifying the mechanisms responsible for Wolfram syndrome
and diabetes.

1. Introduction

Wolframin, which is encoded by the WFS1 gene, is a
transmembrane glycoprotein found primarily in the endo-
plasmic reticulum (ER) and is ubiquitously expressed at high
levels in the brain, pancreas, and heart but also has been
observed in the liver, spleen, skeletal muscles, and kidney
[1, 2]. Deficiency of wolframin induces ER stress and calcium
depletion in cells [3, 4], which eventually may lead to the
development of Wolfram syndrome type 1 (WS), a complex
disease associated with diabetes insipidus, diabetes mellitus,
optic atrophy, and deafness [5]. Short stature is also quite
common in patients with WS [6–8], and people with WS
often suffer from chronic and progressively increasing fatigue
[9], as well as muscle spasms, which are common in most
patients and can be very serious [10, 11].

The development of diabetes has been associated with
increased ER stress and apoptosis in pancreatic beta cells,
leading to insufficient insulin secretion [3, 12]. Wolfram
syndrome-related diabetes (WSD) usually develops in child-
hood [13, 14] and tends to occur earlier than type 1 diabetes
(5.4 vs. 7.9 years of age, respectively, P < 0 001) [15]. Nor-
mally, approximately three-quarters of the total body glucose
uptake stimulated by insulin is mediated by the skeletal
muscles [16–18], and therefore, deficit of insulin or resistance
of muscle fibers to insulin in diabetes mellitus causes changes
in muscle energy metabolism. Diabetic patients may experi-
ence muscular weakness in the ankles and knees [19].
Hand-grip strength values were also found to be lower in dia-
betes patients than in age-matched control subjects [20, 21].
Muscle weakness is related to signs and severity of polyneuro-
pathy (PN), a frequent complication for people with diabetes.
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In addition to PN, diabetes often leads to lower strength per
unit of striated muscle and to the slowing of movements
[22]. Accumulation of glycation end products may also be a
cause of impaired muscle function in these patients [23].

Previous research has suggested a possible link between
WS and mitochondrial DNA mutations [24], and patients
with Wolfram syndrome have also been described as hav-
ing heteroplasmic deletions of mtDNA in skeletal muscles
[25, 26]. However, mitochondrial functioning has been
poorly studied, with conflicting results [25, 27, 28]. Studies
of muscle metabolism and mitochondrial function are
limited by the small number of WS patients and a degree of
randomness in the collection of biopsies from heterogeneous
human muscles; in addition, it is also extremely difficult to
analyze changes in different types of human muscle.

Several Wfs1-deficient mice models have been bred in
order to study WS [3, 12, 29]. The mouse model we created
exhibits a more severe phenotype than mutant mice devel-
oped by other labs and as such is a more precise model for
the study of WS [30]. As Wfs1 deficiency leads to a progres-
sive loss of β-cells in the pancreas and lower concentrations
of plasma insulin [29, 30], our mouse model can also be used
to study the mechanisms responsible for type 1 diabetes. Our
objective here was to assess changes in mitochondrial
function and in the amounts and enzymatic activities of
mitochondrial and glycolytic pathway proteins in muscles
of Wfs1-deficient mice.

2. Materials and Methods

2.1. Animals.Wfs1-deficient (Wfs1KO) mice were generated
as described previously [29, 31]. Experiments were per-
formed with 9–12-month-old Wfs1KO male mice with a
129S6/SvEvTac background and their wild-type littermates.
The animals were housed under standard laboratory con-
ditions and kept on a 12 h light–dark cycle (lights on at
07:00) and were given free access to food and water. All
experiments in this study involving animals were performed
in accordance with the European Parliament Directive 2010/
63/EU and under permit (no. 86, May 4, 2016) from the
Estonian National Board of Animal Experiments.

2.2. Chemicals and Reagents. K-Lactobionate, ethylene glycol-
bis(β-aminoethyl ether)-N,N,N′,N′-tetraacetic acid (EGTA),
and taurine were obtained from Fluka (Buchs, Switzerland);
reduced nicotinamide adenine dinucleotide (NADH), pyru-
vate, and saponin were obtained from SERVA (Heidelberg,
Germany); MgCl2 and KCl were obtained from ACROS
(Geel, Belgium); and leupeptin was obtained from Roche
(Basel, Switzerland). All other reagents, ADP, ATP, bovine
serum albumin, enzymes (glucose-6-phosphate dehydroge-
nase and lactate dehydrogenase), dithiothreitol, KH2PO4, 4-
(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES),
L-glutamate, DL-malate, rotenone (Rot), succinate, atractylo-
side, antimycin A, N,N,N′,N′-tetramethyl-p-phenylenedia-
mine (TMPD), ascorbate, ethylenediaminetetraacetic acid
(EDTA), glucose, Triton X-100, Tris, phosphoenolpyruvate
(PEP), and NADP were obtained from Sigma (St. Louis,
MO, United States).

2.3. Determination of Activities of the Respiratory Chain
Complexes.Mice received 5 units/g b.wt. of heparin intraper-
itoneally and were killed by cervical dislocation. The heart,
m. soleus, and white glycolytic section of them. rectus femoris
were excised and placed into ice-cold saline to ensure rapid
cooling and blood removal. Thin muscle bundles from mus-
cles were then excised in ice-cold solution A, which con-
tained 2.77mM CaK2EGTA, 7.23mM K2EGTA 7.23 (free
calcium concentration 0.1μM), 6.56mM MgCl2, 0.5mM
dithiothreitol (DTT), 50mM potassium 2-(N-morpholino)-
ethanesulfonate (K-MES), 20mM imidazole, 20mM tau-
rine, 5.3mM ATP, and 15mM phosphocreatine, at pH 7.1
adjusted at 4°C. Muscle fibers were separated using sharp-
ended needles, leaving only small areas of contact; the fibers
were then transferred to vessels filled with solution A, to
which an additional 50μg of saponin per ml was added,
and incubated with mild stirring for 30min at 4°C for
complete solubilization of the sarcolemma. Skinned (perme-
abilized) fibers were washed three times in solution B, which
contained 0.5mM EGTA, 3mM MgCl2, 60mM K-lacto-
bionate, 20mM taurine, 3mM KH2PO4, 20mM HEPES,
110mM sucrose, and 5mM pyruvate, and 1mg/ml bovine
serum albumin (BSA) and was set at pH 7.1 (adjusted at
25°C) for 10min at 4°C by stirring to completely remove all
metabolites, particularly trace amounts of ADP.

The activities of the mitochondrial respiratory chain
segments in permeabilized muscle fibers were assessed using
the polarographic method (Oroboros, Innsbruck, Austria) as
respiration rates (VO2) in solution B with 10mM pyruvate
or glutamate, 2mM malate, and 0.2μM free Ca2+ at 25°C.
Following registration of mitochondrial respiration under
nonphosphorylating conditions (basal respiration rate [V0])
in the oxygraph chamber, 2mM ADP was added to monitor
the maximum rate of NADH-linked ADP-dependent respi-
ration; subsequently, complex I was inhibited by 10μM of
rotenone (Rot). Then, 10mM succinate was added to activate
respiratory chain complex II-dependent respiration, 0.1mM
atractyloside (Atr) was added to assess respiratory control
by adenine nucleotide translocase (ANT), 10μM antimycin
A was added to inhibit complex III and thereby block the
electron flow from complex II to cytochrome c, and 0.5mM
tetramethylphenylene diamine (TMPD) with 2mM ascor-
bate was added to activate cytochrome oxidase (COX).
Activation of COX in the case of blocked oxidative phos-
phorylation (OXPHOS) in the presence of Atr was possible
due to the smaller number of protons pumped by the respira-
tory chain per oxygen consumed [32]. In this case, the proton
leak in the presence of TMPD was no longer a limiting factor
for the respiratory chain. Finally, 5mM sodium azide (NaN3)
was added to inhibit COX. Antimycin-sensitive respiration
in the presence of atractyloside (VAtr–VAnt) was considered
to represent the proton leak. The NaN3-sensitive portion
of respiration with TMPD and ascorbate (VTMPD–VNaN3)
exhibits COX-related respiration.

2.4. Gene Expression Study. The rectus femoris muscles used
in the gene expression analysis were suspended in RNAlater
RNA Stabilization Reagent (Qiagen, Düsseldorf, Germany).
Total RNA was isolated using the RNeasy Mini Kit (Qiagen).
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Genomic DNA wipeout and reverse transcription were
performed with QuantiTect® Reverse Transcription Kit
(Qiagen), in accordance with the manufacturer’s instructions
(QuantiTect® Reverse Transcription Handbook, 2005). A
QuantiTect SYBR Green PCR Kit (Qiagen, Düsseldorf,
Germany) was used to perform real-time PCR amplification
with mouse gene-specific primers (Table 1). Fluorescence
data during PCR was collected with a StepOnePlus™ Real-
Time PCR Instrument (Applied Biosystems, Foster City,
CA, United States) and an intercalator-based approach (also
known as the SYBRGreen method). The comparative thresh-
old cycle (ΔCT, ΔΔCT) technique was used to determine the
relative target quantities in samples [33], with all measure-
ments normalized to the endogenous control gene ACTB.
Relative target quantity in each sample was assessed by
comparing normalized target quantity in each sample to
normalized target quantity in the reference sample.

2.5. Determination of Enzymatic Activities. The heart muscle,
m. soleus, and the glycolytic part of m. rectus femoris were
frozen in liquid nitrogen and stored at −80°C; these muscle
tissues were later allowed to thaw at 0°C and homogenized
by sonication (Bandelin Sonopuls HD 2200, probe MS 72,
Sigma-Aldrich, St. Louis, MO, United States) on ice for 15 s
in a medium containing 1mM EDTA, 1mM DTT, 10mM
glucose, 5mM MgCl2, and 5mM HEPES, at pH 8 (main-
tained by NaOH), with 0.1% Triton X-100 and 5mg/ml
leupeptin added to the mixture. After homogenization, the
probe was kept on ice for an additional 30 s. The homogeni-
zation cycle was repeated twice thereafter, and the homoge-
nates were left on ice for 1 h to allow complete extraction of
the enzymes. Measurement of pyruvate kinase (PK) activity
was performed using a spectrophotometric cuvette under
stirring conditions in solution containing 26.7mM KHPO4
26.7 (pH 7.6, 37°C), 6.67mM MgSO4, 0.24mM NADH,
0.5mM PEP, 3mM ADP, and 10 IU/ml lactate dehydroge-
nase (LDH). After baseline registration, the reaction was
initiated with the addition of the homogenate, and PK
activity was derived from subsequent changes in NADH
oxidation rates at 340nm. Measurement of citrate synthase
(CS) activity was performed using a Citrate Synthase
Assay Kit (Sigma-Aldrich, St. Louis, MO, United States).

2.6. Proteomics Sample Preparation. Protein content of the
homogenates was determined by precipitation with a metha-
nol : chloroform :water solution in a 2 : 1 : 3 ratio, respec-
tively, and suspended in digestion buffer (7M thiourea, 2M
urea, and 100mM ammonium bicarbonate). After reduction
with 2.5mM dithiothreitol and alkylation with 5mM chlor-
oacetamide, the samples were first predigested with 1 : 50
(protease : protein ratio) Lys-C (Wako Pure Chemical Indus-
tries, Osaka, Japan) for 4 h, diluted 5-fold with 100mM
ammonium bicarbonate, and then digested for 16 h with
1 : 50 trypsin at room temperature. Peptides were desalted
using C18 (3M, Maplewood, Minnesota, United States)
StageTips and reconstituted in 0.5% trifluoroacetic acid.

2.7. LC/MS/MS Analysis. Injected peptides were separated on
an Ultimate 3000 RSLCnano system (Dionex, Sunnyvale,

California, United States) using a C18 cartridge trap column
(Dionex) in backflush configuration and an in-house packed
(3μm C18 particles, Dr. Maisch GmbH, Ammerbuch,
Germany) analytical 50 cm× 75μm emitter column (New
Objective Inc., Woburn, MA, United States). Peptides were
eluted at 200nl/min with a 5–35% B 180min gradient (buffer
B: 80% acetonitrile + 0.1% formic acid, buffer A: 0.1% formic
acid) to a Q Exactive Plus (Thermo Fisher Scientific,
Waltham, MA, United States) tandem mass spectrometer
operating with a top 10 strategy. Briefly, one 350–1400m/z
MS scan at a resolution of R = 70,000 was followed by higher
energy collisional dissociation fragmentation (normalized
collision energy of 26) of the 10 most intense ions (charge
states +2 to +6) at R = 17,500. MS and MS/MS ion target
values were 3e6 and 5e4, respectively, and injection times
were limited to 50ms. Dynamic exclusion was set to 50 s.

2.8. Proteomics Data Analysis. Mass spectrometric raw data
were processed with MaxQuant 1.5.3.17 software [34].
Label-free quantification with the MaxQuant LFQ algorithm
[35] was enabled with default settings with the exception of
the minimal ratio count (number of peptides quantified to
report a protein quantification), which was set to 1 peptide.
Methionine oxidation and protein N-terminal acetylation
were set as variable modifications. Cysteine carbamidometh-
ylation was defined as a fixed modification. Search was
performed against the UniProt (http://www.uniprot.org)
Mus musculus reference proteome database (downloaded
on 11 November 2015; 57,320 entries) using the tryptic diges-
tion rule Trypsin/P. Only identifications minimally 1 peptide
7 amino acids long were accepted, and transfer of identifica-
tions between runs was enabled. Peptide-spectrum match
and protein false discovery rate (FDR) were kept below 1%
using a target-decoy approach. All other parameters were
kept at default settings.

2.9. Statistical Analysis. All statistical analyses were per-
formed with Student’s t-test, and data are presented as
mean± SEM, with significance set at P < 0 05.

3. Results

3.1. Anatomical Data of Wfs1-Deficient and Wild-Type Mice.
Body weights and muscle weights of Wfs1-deficient mice
were significantly reduced compared to wild-type mice
(Table 2); however, the heart-to-body weight and soleus
muscle-to-body weight ratios were similar in both mice,

Table 1: Primers for real-time PCR analysis.

Primer Sequence 5′ > 3′

UCP2
F: GCTGGTGGTGGTCGGAGAT

R: TGAAGTGGCAAGGGAGG

UCP3
F: GCTGACACGAGAAACTGAACTAAA

R: GGAGTTGACTCTGGTTTTCTTTGT

ACTB
F: AGCCATGTACGTAGCCATCCA

R: GACTTTGCTTTCCTTGGTCAGG

F: forward; R: reverse.
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suggesting that the absence of wolframin was not associated
with atrophy of these muscles. In contrast, the quadriceps
femoris muscle-to-body weight ratio was significantly
reduced, indicating atrophy of this muscle and in part of
the m. rectus femoris.

3.2. Mitochondrial Respiration in Muscles of Wfs1-Deficient
Mice. The function of different respiratory chain complexes
in the muscle fibers of saponin-skinned wild-type and
Wfs1-deficient mice was assessed using a substrate/inhibitor
titration protocol [36, 37] (Figure 1(a)). Mitochondrial respi-
ration in the permeabilized muscle fibers increased over the
basal levels following the addition of ADP, indicating a
coupling of complex I-dependent respiration to ADP phos-
phorylation. After registration of respiration in the presence
of ADP (Figure 1(a)), rotenone was added to inhibit complex
I, and succinate was subsequently added to stimulate com-
plex II-dependent respiration. Next, atractyloside was added,
which strongly reduces succinate-dependent respiration; this
was suppressed even further by the addition of 10μM anti-
mycin A, which inhibits the electron flow from complex III
to cytochrome c in mitochondria. Cytochrome c oxidase
was activated with TMPD and ascorbate and then suppressed
by NaN3 (Figure 1(a)). As previous experiments have shown,
VNaN3 remains higher than V0 [38, 39], a background respi-
ration caused by strong autooxidation of TMPD [40]. We
found that the basal respiration rate (V0) was 2.59 times
(P < 0 001) greater in Wfs1-deficient m. rectus femoris
(Figure 1(d), Table S1) than in wild-type m. rectus femoris,
whereas there were no differences in the heart and m. soleus
between the two mice (Figures 1(b) and 1(c)). After the
addition of ADP into the medium of wild-type m. rectus
femoris, the rate of respiration increased to 1.06± 0.10 nmol
O2/min/mg w.w. (Figure 1(d), Table S1), a rate lower than
that of the corresponding increases in the other muscles.
However, for the respiratory control index, the relative
increase of 10.6 times with respect to V0 for the wild-type
m. rectus femoris was greater than that for the other
muscles (Table S1). The corresponding relative increase of
the respiration rate for the Wfs1-deficient m. rectus femoris
was only 4.87 times, which was lower than in the m. soleus

and practically the same as in the heart. Musculus rectus
femoris VADP was 40% higher in Wfs1-deficient mice than
in wild-type mice (P < 0 01) (Figure 1(d)) but was 34%
lower in Wfs1-deficient m. soleus than in wild-type m.
soleus (P < 0 01) (Figure 1(c)). In addition, ADP- and
complex II-dependent respirations were 62% higher in
Wfs1-deficient m. rectus femoris (P < 0 001), whereas Wfs1-
deficient m. soleus was 24% lower than in wild-type m.
soleus (P = 0 012). Blocked OXPHOS (Atr) respiration was
75% higher in Wfs1-deficient m. rectus femoris than in wild-
type m. rectus femoris (P < 0 001). The difference between
VAtr and VAnt, as proton leak-dependent respiration, was
73% greater in Wfs1-deficient m. rectus femoris than in
wild-type m. rectus femoris (P = 0 001), and complex IV-
dependent respiration (VCOX) was greater by 31% in Wfs1-
deficient m. rectus femoris. There were no significant
differences in complex I and OXPHOS-related oxygen flux
(VADP-V0) between wild-type and Wfs1-deficient m. rectus
femoris (0.936± 0.08 and 1.171± 0.10 nmol O2/min/mg
w.w., respectively).

3.3. Quantitative Real-Time RT-PCR Data Analysis. It is
possible that the greater basal respiration (V0) and differ-
ences in VAtr and VAnt in Wfs1-deficient m. rectus femoris
compared to wild-type m. rectus femoris that we observed
in the respiratory experiments were caused by increased
proton leak in this muscle. Proton leak in skeletal muscles
depends on uncoupler protein levels, and thus, we examined
UCP2 and UCP3 expressions at the genetic level. We found
that, relative to the housekeeping gene ACTB, UCP2 mRNA
levels were 1.05± 0.37 in wild-type m. rectus femoris and
2.75± 0.30 in Wfs1-deficient m. rectus femoris, a difference
of 2.6 times (P < 0 05). UCP3 expression was an order of
magnitude lower than that of UCP2 and did not differ
among the muscle types (Figure 2).

3.4. Enzymatic Activity. Citrate synthase activity was 77.0
± 10.0 in wild-type heart muscles, but activity of this enzyme
was 7.5 times lower (10.3± 1.1) in the m. soleus and 2 times
lower still (4.4± 0.9) in the m. rectus femoris than in the m.
soleus (Figure 3(a)). Compared with controls, there was no
change in citrate synthase activity levels in Wfs1-deficient
heart and m. soleus fibers, but activity levels were 1.46-fold
(P < 0 05) higher in the Wfs1-deficient m. rectus femoris.
Pyruvate kinase activity levels did not differ between wild-
type and Wfs1-deficient muscles (Figure 3(b)).

3.5. Proteomics of Mitochondrial Proteins. We performed an
LC/MS/MS analysis to confirm the results obtained from
the oxygraphic experiments. Twenty-seven subunits of respi-
ratory chain complex I were identified. In wild-type mice,
protein amounts were determined to be ~5 times higher in
the m. soleus than in the m. rectus femoris and ~5 times
higher in the heart muscle than in the m. soleus (Figure S1).
Amounts of typical representatives of the complex I
proteins NADH dehydrogenase [ubiquinone] 1 alpha
subcomplex subunit 2 (Ndufa2) and NADH dehydrogenase
[ubiquinone] iron-sulfur protein 3 (Ndufs3) are shown in
Figure 4. Respiratory chain complex II or succinate

Table 2: Anatomical characteristics ofWfs1-deficient and wild-type
mice.

Characteristic WT (n = 5) Wfs1KO (n = 5)
Body weight (g) 30.9± 1.1 19.9± 1.2∗∗∗

Heart weight (mg) 161.5± 8.3 113.4± 7.6∗∗

Heart/body weight ratio (mg/g) 5.59± 0.34 6.05± 0.06
Soleus muscle weight (mg) 5.47± 0.28 4.50± 0.41∗

Soleus muscle/body weight
ratio (mg/g)

0.189± 0.006 0.235± 0.020

Quadriceps femoris muscle
weight (mg)

196.7± 5.93 100.3± 3.62∗∗∗

Quadriceps femoris muscle/body
weight ratio (mg/g)

6.05± 0.09 4.82± 0.27∗∗

Means ± SEM are shown. Compared to wild type: ∗P < 0 05, ∗∗P < 0 01, and
∗∗∗P < 0 001.
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dehydrogenase is composed of four subunits consisting of the
succinate dehydrogenase [ubiquinone] flavoprotein subunit
SDHA, iron-sulfur protein SDHB, cytochrome b560
subunit SDHC, and cytochrome b small subunit SDHD.
This enzyme plays a role in both the citric acid cycle and

the respiratory chain. Our LC/MS/MS analysis revealed the
same increases (2.08 times) in both hydrophilic subunits
SDHA and SDHB in Wfs1-deficient m. rectus femoris
compared to wild-type m. rectus femoris and that the
amounts of two hydrophobic subunits of succinate
dehydrogenase, SDHC and SDHD, were more than an
order of magnitude lower and did not differ significantly
between wild-type and Wfs1-deficient muscles (Figure S4).
Amounts of complex II protein and succinate
dehydrogenase [ubiquinone] iron-sulfur subunit in wild-
type and Wfs1-deficient mice muscles are shown in
Figure 4. Eight components of the ubiquinol-cytochrome c
reductase complex (complex III) were identified in Wfs1-
deficient m. rectus femoris, of which amounts of six
components were significantly higher by ~1.5 times
(Figure S2). Similar results were obtained for respiratory
chain complex IV, for which protein amounts were
significantly higher in Wfs1-deficient m. rectus femoris than
in wild-type m. rectus femoris (Figure S2). Amounts of
typical representatives of complex IV are shown in
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Figure 1: (a) Original recording of the assessment of the respiratory chain function in skinned muscle fibers. Additions: F: fibers; ADP: 2mM
ADP; Rot: 10μM rotenone; Succ: 10mM succinate; Atr: 0.1mM atractyloside; Ant: 10 μM antimycin A; TMPD+Asc: 0.5mM TMPD with
2mM ascorbate; NaN3: 5mM sodium azide. Upper, blue line: [O2]; lower, red line: O2 flux. Summary of results, which correspond to the
experimental scheme shown in (a), is given in groups of permeabilized muscle fibers from the heart (b), musculus soleus (c), and musculus
rectus femoris (d). V0: basal respiration; VADP: complex I- and ADP-dependent respirations; VSucc: complex II-dependent respiration in
the presence of rotenone with succinate; VAtr: atractyloside-insensitive respiration rate; VTMPD: respiration with TMPD and ascorbate in
the presence of antimycin A; VNaN3: respiration in the presence of sodium azide; VLeak: the difference between VAtr and VAnt, proton
leak-dependent respiration; VCOX: sodium azide-sensitive portion of the respiration rate in the presence of TMPD and ascorbate. Data
are mean± SEM. Compared to wild type: ∗P < 0 05, ∗∗P < 0 01, and ∗∗∗P < 0 001.
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Figure 2: Relative expression of uncoupler proteins in homogenates
of muscles in relation to housekeeping gene ACTB. ∗P < 0 05.
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Figure 4. Mitochondrial membrane ATP synthase (F1F0 ATP
synthase or complex V) consists of two structural domains,
subunits alpha (Atp5a1) and beta (Atp5b), which form the
catalytic core in the F1 domain, which were compared to
other subunits of F1F0 ATP synthase, and which are most
abundant in muscle homogenates (Figure S3). The amounts
of these subunits are shown in Figure 4. Abundance of
subunit alpha Atp5a1 was 1.81 times (P = 0 008) and that
of subunit beta 1.58 times (P = 0 016) higher in Wfs1-
deficient m. rectus femoris than in wild-type m. rectus
femoris. In the homogenates, H+ transporting delta subunit
of F1 domain Atp5d; ATP synthase subunit gamma Atp5c1
of the central stalk; and several subunits of ATP synthase
F0 domain, namely, d Atp5h, e Atp5i, f Atp5j2, g Atp5l, o
Atp5o, and ATP synthase-coupling factor 6 Atp5j, were
also all detected at moderate levels. The amounts of all
these subunits were higher in the m. rectus femoris of Wfs1-
deficient mice than in that of wild-type mice (Figure S3).

The citric acid cycle is also an important mitochondrial
enzymatic system that provides electrons to the respiratory
chain. Citrate synthase, the first step of the citric acid cycle,
is commonly used as a quantitative enzyme marker for the
mitochondrial presence. As with enzyme activity, higher
amounts of citrate synthase were present in Wfs1-deficient
m. rectus femoris compared to wild-type m. rectus femoris
(by 1.62 times, P < 0 05, Figure 5), as was also found for aco-
nitate hydratase Aco2 (by 1.71 times, P = 0 001), isocitrate
dehydrogenase [NAD] subunit gamma Idh3g (by 1.86 times,
P = 0 008), 2-oxoglutarate dehydrogenase Ogdh (by 1.42
times, P < 0 05), succinyl-CoA ligase subunit beta (Sucla2)
(by 1.42 times, P < 0 05), and mitochondrial malate dehydro-
genase (by 1.93 times, P = 0 001) (Figure S4). Concentrations
of pyruvate dehydrogenase, an enzyme closely linked to the
citrate cycle, were also increased in Wfs1-deficient m. rectus
femoris compared to wild-type m. rectus femoris, with
pyruvate dehydrogenase E1 component subunit alpha 1.69
times (P = 0 0021) and subunit beta 1.56 times (P = 0 018)
higher. Beta-oxidation of fatty acids takes place in the
mitochondria, and all enzymes involved in beta-oxidation
that were identified in our LC/MS/MS analysis were also

significantly higher (1.7–3.3 times, P < 0 05) in Wfs1-
deficient m. rectus femoris than in wild-type m. rectus
femoris (Figure S5). Amounts of the typical
representative medium-chain-specific acyl-CoA
dehydrogenase (Acadm) and hydroxyacyl-coenzyme A
dehydrogenase (Hadh) are also shown in Figure 5.

3.6. Amounts of Indicators of Metabolic Profile and Regulators
of Mitochondrial Function. Sirtuins are a class of proteins of
relatively small molecular mass; these proteins have deacy-
lase activity and regulate important biological pathways
[41]. Mitochondrial sirtuin 3 and sirtuin 5 amounts were
6.24 and 1.68 times higher, respectively, in Wfs1-deficient
m. rectus femoris than in wild-type m. rectus femoris
(Table 3), and sirtuin 5 was considerably more abundant
than sirtuin 3 in all muscles. Amounts of cytoplasmic sirtuin
2 were lower than those of mitochondrial sirtuins in oxida-
tive muscles. Both parvalbumin, a calcium-binding albumin
protein, and sarcoplasmic reticulum calcium ATPase are
normally found in greater quantities in fast-contracting
glycolytic muscles. Parvalbumin alpha and sarcoplasmic
reticulum calcium ATPase were 2.15 (P = 0 01) and 1.89
(P = 0 0006) times lower, respectively, in Wfs1-deficient m.
rectus femoris than in wild-type m. rectus femoris (Table 3).
Moreover, compared to the wild type, the abundance of some
glycolytic enzymes was also lower in Wfs1-deficient m.
rectus femoris; for instance, fructose-bisphosphate aldolase
(Aldoa), alpha-enolase (Eno1), and L-lactate dehydroge-
nase A chain (Ldha) were reduced by 25% (P = 0 003),
by 27% (P = 0 0163), and by 33% (P = 0 0042), respectively,
in them. rectus femoris ofWfs1-deficient mice relative to that
of wild-type mice (Figure S6).

4. Discussion

To the best of our knowledge, this represents the first study in
which the mitochondrial function and abundance of mito-
chondrial proteins in the muscles of Wfs1-deficient mice
were characterized. Surprisingly, we found that, compared
to the wild type, the amounts of the majority of
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mitochondrial proteins and activity levels of citrate synthase
were significantly higher in Wfs1-deficient glycolytic muscle
tissues (~1.5-fold). ADP-dependent respiration with

complex I and II substrates was also higher in Wfs1-
deficient m. rectus femoris than in wild-type m. rectus
femoris, and complex IV-dependent respiration was one-
third greater in this muscle in Wfs1-deficient mice than in
wild-type mice (Figure 1(d)). As can be seen in Table 2, the
quadriceps muscle-to-body weight ratio was lower in Wfs1-
deficient mice. Similarly, STZ-induced type I diabetes pro-
duces profound atrophy of fast-twitch muscles and especially
the fast glycolytic (FG) fibers [42–46]. Atrophy of glycolytic
muscle fibers in our model mice most likely caused even
higher rates of respiration and mitochondrial protein abun-
dance in the Wfs1-deficient glycolytic rectus femoris muscle.
Comparable results were reported from recent work, in
which it was shown that basal oxygen consumption (mea-
sured at the whole-organism level) was 1.3 times higher in
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Wfs1-deficient mice, and heat production was also 1.3 times
higher in Wfs1-deficient mice [47]. Transient receptor
potential melastatin 8 (TRPM8) channels, which are acti-
vated by cold (8–28°C) and by some chemicals like menthol,
are key pathways for heat production signaling [48–50]. Die-
tary menthol was shown to significantly increase oxygen con-
sumption in WT mice but not in TRMP8KO mice,
suggesting that dietary menthol increases the resting meta-
bolic rate via TRPM8 activation [51]. Likewise, RNA
sequencing analysis revealed increased expression of TRMP8
in the hippocampus of Wfs1-deficient mice, and metabolic
studies have shown higher response to menthol administra-
tion in Wsf1-deficient mice compared to WT mice. Overex-
pressed TRMP8 in Wfs1-deficient mice might be the reason
for the higher basal oxygen consumption and heat produc-
tion in this type compared to WT mice [47]. Given that
TRMP8-dependent thermogenesis is caused by activation of
uncoupler protein 1 (UCP1) in brown adipose tissue [51],
the enhanced heat production and oxygen consumption of
Wfs1-deficient mice may be due to increased mitochondrial
proton leak in BAT, but the results of our study suggest that
elevated mitochondrial proton leak also occurs in the glyco-
lytic muscle rectus femoris. Compared to the wild type, basal
respiration without ADP was 2.5-folds higher and proton
leak-dependent respiration 1.7-folds higher in Wfs1-
deficient muscles. OXPHOS-related oxygen flux (VADP-V0)
did not differ significantly between wild-type and Wfs1-
deficient m. rectus femoris muscles; thus, in the latter, the
proportion of proton leak to OXPHOS was increased, and
accordingly, the respiratory control index was 2 times lower
in Wfs1-deficient m. rectus femoris. Increases in the relative
proportion of proton leak in glycolytic skeletal muscle may
depend on higher levels of UCP2, as we observed an increase
in RNA levels of this protein; however, LC/MS/MS analysis
failed to detect the presence of UCP2 proteins in any of the
muscle types, indicating that increased proton leak simply
damages mitochondria in Wfs1-deficient glycolytic muscles
and that the increase in mitochondrial proteins is most likely
compensating for decreasing mitochondrial quality. It has
been shown that SIRT3 stimulates mitochondrial biogenesis
[52–54], and thus, the higher levels of mitochondrial sirtuin
3 in Wfs1-deficient m. rectus femoris compared to wild-type
m. rectus femoris likely stimulate mitochondrial biogenesis
in this tissue. Concentrations of sirtuin 5 were also higher
inWfs1-deficientm. rectus femoris; like other sirtuins, sirtuin
5 has deacylase activity and is capable of removing acetyl,
succinyl, and malonyl groups from the lysine residues of pro-
teins, but in contrast to sirtuin 3, it does not seem to be
involved in mitochondrial biogenesis [55, 56]. Levels of cyto-
plasmic sirtuin 2 were roughly the same in Wfs1-deficient
and wild-type m. rectus femoris, which may simply reflect
a reduction in the amount of cytoplasm relative to mito-
chondria as levels of mitochondrial sirtuins and other
mitochondrial proteins increased.

In contrast to glycolytic rectus femoris, either there were
no changes in the oxidative muscles of Wfs1-deficient mice
or changes occurred in the opposite direction. In the heart
muscle, for instance, mitochondrial protein abundance,
citrate synthase activity, and mitochondrial respiration

remained unchanged, and compared to the wild type, ADP-
dependent respiration involving both complex I and complex
II substrates was lower in Wfs1-deficient m. soleus. Fur-
thermore, although we observed downward trends in the
parameters of several mitochondrial proteins in Wfs1-
deficient m. soleus, the amounts of other proteins and
the activity level of citrate synthase did not change.

The Wfs1 protein interacts with sarco/endoplasmic
reticulum ATPase (Atp2a) and negatively regulates Atp2a
turnover, possibly via proteasome-mediated degradation. In
Wfs1-depleted cells, Wfs1–Atp2a interaction is limited, and
therefore, the amount of Atp2a is upregulated [57]; however,
we did not observe higher levels of Atp2a in Wfs1-deficient
muscles. In fact, Atp2a was lower in Wfs1-deficient m. rectus
femoris than in wild-type m. rectus femoris, as was parvalbu-
min alpha (Pvalb), a protein involved in calcium signaling.
Concentrations of parvalbumin are normally high in fast-
contracting muscles and low in slow-contracting muscles
[58], whereas slow-twitch muscles generally contain more
mitochondria and less cytoplasm. We also found that,
compared to the wild type, concentrations of some glycolytic
enzymes were lower in Wfs1-deficient m. rectus femoris. As
such, the reduced amounts of Atp2a1 and Pvalb may indicate
a shift from fast-contracting glycolytic m. rectus femoris to
slower oxidative muscles in Wfs1-deficient mice. Like type
1 diabetes, this shift in the glycolytic muscle type is probably
triggered by insulin deficiency and the atrophy of FG
fibers in Wsf1-deficient mice and missed in oxidative mus-
cles [45, 46]. Increased relative proton leak, which reduces
the efficiency of ATP synthesis, is another alteration in m.
rectus femoris metabolism. It is possible that these same
pathologies occur in patients suffering fromWS; considering
the high percentage of glycolytic muscles in the human
body, such changes may be major causes of the chronic pro-
gressive fatigue and other muscle disorders experienced by
WS patients [9].

5. Conclusions

Mitochondrial protein concentrations, citrate synthase activ-
ity, and mitochondrial respiration of permeabilized fibers
were found to be significantly elevated in Wfs1-deficient
m. rectus femoris. Compared to the wild type, efficiency
of ATP synthesis declined in the mitochondria of Wfs1-
deficient m. rectus femoris muscle due to higher proton
leak-dependent respiration, whereas there was no difference
in OXPHOS-dependent respiration.

Data Availability

The mass spectrometry proteomics data used to support
the findings of this study have been deposited to the Pro-
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support the findings of this study are available from the
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Switching of cellular energy production from oxidative phosphorylation (OXPHOS) to aerobic glycolysis occurs in many types of
tumors. However, the significance of energy metabolism for the development of prostate carcinoma is poorly understood. We
investigated the expression of OXPHOS complexes in 94 human prostate carcinomas and paired benign tissue using
immunohistochemistry. Overall mitochondrial mass was upregulated in carcinomas compared to benign prostate tissue in all
Gleason grades. A significant direct correlation between the expression of OXPHOS complexes I, II, and V and the Gleason
score was observed. However, 17% of prostate carcinomas and 18% of benign prostate tissues showed isolated or combined
deficiency of OXPHOS complexes (one deficiency in 12% of the tumors, combined deficiencies in 5%). Complex I was absent in
9% of the samples, with only parts of the tumor affected. ATP5F1A, a complex V protein, was the most frequently affected
subunit, in 10% of tumors and 11% of benign prostate tissues (but not both tissues in any single patient). A possible role of
complex V in prostate cancer development is suggested by the significant positive correlation of ATP5F1A levels with earlier-onset
prostate cancer (age at diagnosis and at prostatectomy) and free PSA percentage. The relatively high percentage (17%) of prostate
carcinomas with regional foci of partial OXPHOS complex deficiencies could have important therapeutic implications.

1. Introduction

Metabolism, especially energy metabolism, is a hot topic in
tumor biology. Many tumor entities are characterized by
deficiencies and reprogramming of mitochondrial energy
metabolism. Sometimes, a single tumor entity can be divided
into subgroups, where one group shows high levels of oxida-
tive phosphorylation (OXPHOS) and the other is deficient
in one or more OXPHOS complexes, as found in melanomas
[1]. Some tumor entities are very homogeneous in their
OXPHOS signature; for example, neuroblastomas and renal
cell carcinomas both show significant reductions of all
OXPHOS complexes. In contrast, many other carcinomas
(e.g., gastric carcinomas and colorectal carcinomas) show

a relatively constant number of OXPHOS defects [1–13].
Although the mode of downregulation of OXPHOS can vary
(loss of mitochondria, loss of all complexes, isolated and
combined deficiencies), nearly all tumors have one feature in
common—disruption of respiratory chain complex I [1–13].

Mitochondrial complex I is clearly at the center of the
OXPHOS deficiency landscape in cancer, and there are sev-
eral explanations for this. Subunits of complex I, namely,
NDUFS3 and NDUFS1, can be cleaved by granzyme A or
granzyme B and caspase 3 to induce apoptosis [14, 15]. A
lack of complex I might help shield tumor cells from apopto-
sis. Secondly, complex I is the most elaborate mitochondrial
multisubunit protein, potentially making it more prone to
damage [16]. Statistically, the large number of subunits might
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also explain the higher incidence of genetic hits affecting
complex I. It is also reported that complex I is the main pro-
duction site of reactive oxygen species (ROS) within the
respiratory chain [17]. Since ROS immediately react with
biomolecules, complex I might be the first target of its own
generated ROS. ROS also attack mtDNA, including the 7
mitochondrially encoded complex I subunits [18].

Combined OXPHOS deficiencies are the most frequent
alteration with regard to tumors and patients with mitochon-
drial disease [19]. Fifty-seven percent of all patients diag-
nosed in our center with a mitochondrial disease show a
combined reduction of OXPHOS complexes [19]. Combined
OXPHOS deficiencies can arise from mitochondrial tRNA
mutations, mtDNA deletions, and mtDNA depletion [19].
Since respiratory chain complexes are further organized into
super/megacomplexes, mutations in complex III subunits
typically also lead to secondary loss of complex I [20].
Furthermore, mutations in a number of genes involved
in mitochondrial biogenesis, architecture, or protein trans-
port can cause combined defects [19]. In total, mutations
in more than 250 genes cause mitochondrial disorders
[19]. Interestingly, unlike mutations in respiratory chain
subunits, mutations affecting other mitochondrial proteins
are generally not associated with tumors (exceptions include
IDH2/isocitrate dehydrogenase 2, FH/fumarate dehydroge-
nase, and DGUOK/deoxyguanosine kinase) [21–23].

Prostate cancer is the most frequently diagnosed cancer
in males in developed countries and responsible for more
than 300,000 annual cancer deaths worldwide [24]. Mito-
chondrial DNA alterations are frequent in prostate cancer
and have been correlated to pathological features, tumor
progression, and worse outcomes [25–27]. The aim of the
present study was to characterize the metabolic phenotype
of prostate carcinomas and corresponding benign prostate
tissue by immunohistochemical (IHC) staining of mitochon-
dria and individual mitochondrial complexes. Previously, we
demonstrated that semiquantitative IHC of homogeneous
tissue samples correlates well with functional analysis, as
the OXPHOS system is mainly regulated via protein amount
[2, 3, 5–8, 13, 28]. Therefore, IHC of heterogeneous samples
is the method of choice as it accurately reflects the in vivo
situation at the cellular level and can detect small areas of
OXPHOS deficiency in tumor samples.

2. Material and Methods

2.1. Ethics. Human tumors were obtained from the Institute
of Pathology, Medical University Innsbruck. The study was
performed according to the Austrian Gene Technology Act.
Experiments were conducted in accordance with the Helsinki
Declaration of 1975 (revised 2013) and the guidelines of the
local ethics committee, being no clinical drug trial or epide-
miological investigation. All patients signed an informed
consent document concerning the surgical intervention. Fur-
thermore, the study did not extend to the examination of
individual case records. Patient anonymity was ensured at
all times. The use of the archived tissue samples was
approved by the ethics committee of the Medical University
Innsbruck (AN 3174, AN 4837).

2.2. Samples. To evaluate differences in expression between
malignant and benign prostate tissues, we constructed a
tissue microarray (TMA) of formalin-fixed, paraffin-
embedded tissue blocks from 94 previously untreated
prostate cancer patients who had undergone radical prosta-
tectomy after tumor diagnosis in a PSA screening program
performed in Tyrol by the Department of Urology, Medical
University Innsbruck [29]. The TMA was assembled using
a manual tissue arrayer (Beecher Instruments, Sun Prairie,
WI). Four punches of each case, 3 from the tumor and 1 from
a benign area, were evaluated. In many cases, tissue cores
contained tumor as well as benign regions.

2.3. AMACR/p63 Staining. Hematoxylin and eosin staining,
basal cell maker p63 and tumor cell marker alpha-
methylacyl-CoA racemase (AMACR) immunohistochemis-
try (IHC) double stains were used to confirm the histological
diagnosis. IHC was performed on a Discovery-XT-
automated staining device (Ventana, Tucson, AZ) using
instrument standard protocols. Antibodies, suppliers, cata-
log numbers, and concentrations used were as follows:
anti-p63, Sigma-Aldrich, #P3362, 1 : 200; anti-AMACR,
Dako (Vienna, Austria), #M3616, 1 : 200. DAB (3,3′-diami-
nobenzidine; brown) was used for visualization of AMACR
and nitroblue tetrazolium chloride (blue) for staining of p63.

2.4. Immunohistochemical Staining of OXPHOS Complex
Subunits and Porin of FFPE Tissues. For IHC, the following
antibodies were used: complex I subunit NDUFS4 (mouse
monoclonal, 1 : 1000; Abcam, Cambridge, UK), complex II
subunit SDHA (mouse monoclonal, 1 : 2000; MitoSciences,
Eugene, Oregon), complex III subunit UQCRC2 (mouse
monoclonal, 1 : 1500; MitoSciences), complex IV subunit
MT-COI (mouse monoclonal, 1 : 1000; MitoSciences),
complex V subunit ATP5F1A (mouse monoclonal, 1 : 2000;
MitoSciences), and VDAC1 (mouse monoclonal, 1 : 3000;
MitoSciences). All antibodies were diluted in Dako antibody
diluent with background-reducing components (Dako,
Glostrup, Denmark). IHC was performed as described previ-
ously [13]. For antigen retrieval, the sections were immersed
for 45min in 1mM EDTA, 0.05% Tween-20, pH8, at 95°C.
Tissue sections were incubated for 30min with the above-
mentioned primary antibodies. The staining intensities of
the tumor and control tissues were determined by two exam-
iners using a stereomicroscope. Staining intensities were
rated using a scoring system ranging from 0 to 4, with 0 indi-
cating no staining, 1 mild, 2 moderate, 3 strong, and 4 very
strong staining. Four punches of each tissue sample were
analyzed, and for each punch, the lowest and highest intensi-
ties were scored. Staining intensities of each tissue punch,
mean staining intensities of each sample, and clinical data
are given in Supplementary Tables 1A and 1B. For statistical
analysis (t-test, ANOVA, and correlations), the mean of
the staining intensities of the four punches was used. For
the frequency distribution, the lowest staining intensity of
each sample was analyzed. The specificity of the antibodies
used was previously shown in numerous articles by Western
blot analysis: ([6]; Figure 3), ([5], Figure 2); NDUFS4
([6]; Figure 3), ([5], Figure 2); SDHA ([6]; Figure 3),
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([5], Figure 2); UQCRC2 ([6]; Figure 3), ([5], Figure 2);
MT-CO1 ([30], Figure 2); ATP5F1A ([6]; Figure 3),
([31]; Figure 3). The punches were also stained with
AMACR/p63 to distinguish between tumor and benign
prostate tissue. All antibodies are suitable for the detection
of assembly defects. If these subunits are missing, the respec-
tive complexes are not assembled and, therefore, no function
is present. The antibodies were used to detect numerous
defects caused by pathogenic mutations. The activity of the
OXPHOS enzymes was determined in previous studies,
underlining that the amount of protein and the level of activ-
ity are highly correlated and showing that loss of the subunits
causes loss of activity [2, 3, 5, 7, 20, 28, 31, 32].

2.5. Statistical Analysis. For the comparison of tumors and
benign prostate tissue, a t-test was applied. For multiple com-
parisons of tumors with different Gleason scores, one-way
ANOVA and Bonferroni’s correction were applied. Pearson’s
correlation was applied to analyze potential associations
between the Gleason score and OXPHOS complex expres-
sion. In addition, the frequency distribution of the staining
intensities was calculated.

3. Results

3.1. Increased Mitochondrial Biogenesis and Consistent
Upregulation of OXPHOS Complexes in Carcinomas
Compared to Adjacent Benign Prostate Tissue. To elucidate
if prostate carcinomas and adjacent benign prostate tissue
differ in terms of protein expression of the OXPHOS
complexes and mitochondrial biogenesis, we immunohisto-
chemically stained prostate carcinomas (n~94) and corre-
sponding benign prostate tissue (n~89). The benign and
cancerous tissues were distinguished by AMCR/p63 staining:
the carcinoma stained brown and the epithelium of benign
glands stained dark blue (Figure 1). We also stained for
VDAC1, a protein of the outer mitochondrial membrane,
as an indicator of mitochondrial mass and therefore mito-
chondrial biogenesis. Overall, we detected a significantly
higher expression level of VDAC1 (p = 0 0009) in carcino-
mas compared to adjacent benign prostate tissue (n = 62)
(Figure 2(a)), although the latter showed a significantly
higher proportion of samples with “very strong staining”
(score = 4) (24% of benign tissue vs. 6% of tumor tissue). In
accordance, the staining levels of NDUFS4 (p = 0 01), SDHA
(p < 0 0001), UQCRC2 (p < 0 05), MT-CO1 (p < 0 05), and
ATP5F1A (p < 0 0001) were all significantly higher in the
prostate carcinomas compared to their benign counterparts
(Figures 2(b)–2(f)). Since altogether the OXPHOS com-
plexes and VDAC1 are increased in carcinomas, we conclude
that mitochondrial mass is higher in carcinomas than in
benign prostate tissue.

3.2. Comparison of Prostate Carcinomas and Adjacent Benign
Prostate Tissue with respect to Tumor Malignancy. To test if
the altered expression of subunits of the OXPHOS complexes
is associated with malignancy of prostate carcinomas, we
compared IHC immunoreactivities among the different
pathological Gleason score (GS) grades. We found no clear-

cut association of complex marker expression with GS grade,
except in the case of GS 7 tumors, which showed increased
expression of all mitochondrial complex markers. None-
theless, in agreement with the generalized increase in
mitochondrial mass observed in prostate carcinomas, we
detected overall trends to higher expression in all GS
grades (Supplementary Table 2). The mean staining intensi-
ties over all tissue punches from each tumor case revealed
no differences between prostate carcinomas of different
GS grades for VDAC1, SDHA, MT-CO1, and ATP5F1A
(Supplementary Figure 1). For NDUFS4, both GS 7 and 9
carcinomas showed significantly higher expression than GS
6 and 8 tumors (Supplementary Figure 1). A correlation anal-
ysis revealed increased expression with Gleason scores for
NDUFS4 (p < 0 05; R=0.22), SDHA (p < 0 05; R=0.25),
and ATP5F1A (p < 0 05; R=0.22).

3.3. Frequency of OXPHOS Deficiencies. The overall analy-
sis of staining intensities often masks important results
when only the averages are used for calculation and vari-
ations within the analyzed tissue specimen are ignored.
Tumors, especially prostate tumors, are heterogeneous,
and alterations of protein expression in small areas of
the tissue, indicating regional loss of expression, need to
be considered separately. We analyzed expression hetero-
geneity in more detail in the four cores of each case to
uncover regional OXPHOS deficiencies. The lowest stain-
ing intensity for each tumor or benign prostate tissue
was identified, and the frequency distribution was evalu-
ated to elucidate the percentage of specimens exhibiting
OXPHOS deficiency (staining intensity = 0).

The tumors of 16 patients (17%) showed deficiencies
of respiratory chain complexes. Eleven tumors showed
deficiencies in one complex only, three tumors exhibited
deficiencies in two complexes, and two tumors exhibited
losses of three and four complexes, respectively. The fre-
quency of partial mitochondrial complex loss in benign tissue
was 18%, similar to that in tumors. Deficiency of complex I
was present in 9% of carcinomas compared to 2% of benign
prostate tissue samples (Figure 3, Supplementary Figures 2
and 3). Deficiency of SDHA (2% vs. 7%) and ATP5F1A
(10% vs. 11%) (Figure 3) was more frequent in benign pros-
tate tissue (Figure 4). ATP5F1A deficiency was never
observed in both carcinoma and adjacent benign prostate tis-
sue. UQCRC2 was lost in 2% of the tumors and in 1% of the
benign prostate tissue, whereas MT-CO1 loss was observed
only in carcinomas (4%). There was no clear association of
complex loss with the tumor Gleason score (Supplementary
Figure 2).

3.4. Correlation of Clinical Parameters and the Expression of
OXPHOS Complexes. We analyzed the correlation of the
expression of OXPHOS complexes and porin with age at
prostatectomy, pathological tumor stage, serum PSA level,
free to total PSA ratio, prostate size at radical prostatec-
tomy, and time until biochemical tumor recurrence (PSA
progression). A significant positive correlation was present
between complex V expression and patient age at diagnosis
(p = 0 0314; R=0.2297) and at prostatectomy (p = 0 0206;
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Figure 1: Staining of OXPHOS complexes, VDAC1, and AMACR/p63 in a prostate carcinoma of Gleason score 9 and adjacent benign
prostate tissue. (a, b) NDUFS4; (c, d) SDHA; (e, f) UQCRC2; (g, h) MT-CO1; (i, j) ATP5F1A; (k, l) VDAC1; and (m, n) AMACR/p63.
(a, c, e, g, i, k, m) carcinoma and (b, d, f, h, j, l, n) hyperplasia. The punches are 0.6mm in diameter. AMACR/p63 staining was used to
visualize carcinoma cells (brown) and benign prostate tissue (blue).
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R=0.2465) (Figures 5(a) and 5(b)). Furthermore, complex V
expression was significantly higher in individuals with high
free to total PSA ratios (p = 0 0425; R=0.218) (Figure 5(c)),
whereas a negative correlation between prostate volume
at prostatectomy and complex IV was found (p = 0 0373;
R=−0.225) (Figure 5(d)).

No differences of OXPHOS complex levels in tumors
were observed with respect to pathological stage, TNM
(T: size or direct extent of the primary tumor; N: degree
of spread to regional lymph nodes; and M: presence of
distant metastasis) or biochemical tumor recurrence.

4. Discussion

Analysis of mitochondrial mass and individual mitochon-
drial OXPHOS complexes using surrogate protein markers
detected by IHC revealed an increased mitochondrial mass
in prostate carcinomas in comparison to their benign tis-
sue counterparts. VDAC1 was used as a marker for the
mitochondrial mass. It was previously shown that it corre-
lates excellently with citrate synthase activity, which is also
used as a marker for the mitochondrial amount in func-
tional studies [2, 3, 5, 7, 20, 28]. mtDNA is not a reliable
marker for mitochondrial mass since many solid tumor
entities have a high or normal mitochondrial mass but a
reduced mtDNA copy number [5, 7]. Also, patients with
mitochondrial diseases affecting muscle argue against this
(TK2, SUCLA2, SUCLG1, RRM2B, DGUOK, and TYMP)
[32, 33]. Patients with an mtDNA depletion disorder show
a normal mitochondrial amount but a reduction of one or
more OXPHOS complexes (e.g., DGUOK) [32, 33].

In addition, our analysis identified a subgroup of about
one-sixth of the analyzed prostate carcinoma specimens
harboring areas of isolated or combined loss of OXPHOS
complexes.

The most frequent alterations of the OXPHOS system
in our cohort were the loss of complex I and complex V.
The absence of complex I protein and potentially patho-
genic mutations of mitochondrial complex I genes have
been consistently reported for numerous tumor entities
[1, 4–6, 10, 12, 13, 28, 33]. A very recent study sequenced
mtDNA in 384 prostate carcinoma patients and identified
129 nonsynonymous mitochondrial single-nucleotide vari-
ants in protein-coding regions, including six premature
stop codons and two mutated stop codons [25]. The most
frequently affected protein-coding gene was MT-ND5
(30 out of 157 mitochondrial synonymous and nonsynon-
ymous single nucleotide variants). In addition, 8 mutations
in the anticodon stem of mitochondrial tRNA genes were
present. As a consequence, combined OXPHOS complex
deficiencies would be expected, as observed in 5 cases in
our study. According to a recent review, 749 mtDNA
mutations have been described for prostate cancer [34].
Only 80 of these were found in two or more patients, 15
of which are potentially pathogenic according to com-
monly used prediction tools [34]. We are not aware of
any previous study correlating nuclear OXPHOS subunit
gene alterations to the frequency of OXPHOS deficiency
in prostate carcinomas.

In line with many other studies, the loss of complex I
was the most frequent event in our cohort of primary
prostate tumors. An explanation might be that complex I
deficiency confers a selective advantage on tumor cells since

Carcinoma Benign tissue
2.0

2.5

3.0

3.5

4.0
VDAC1 protein expression

St
ai

ni
ng

 in
te

ns
ity

⁎⁎⁎

(a)

Carcinoma Benign tissue
0

1

2

3

4
NDUFS4 protein expression

St
ai

ni
ng

 in
te

ns
ity

⁎⁎

(b)

Carcinoma Benign tissue
0

1

2

3

4
SDHA protein expression

St
ai

ni
ng

 in
te

ns
ity

⁎⁎⁎⁎

(c)

Carcinoma Benign tissue
0

1

2

3

4

St
ai

ni
ng

 in
te

ns
ity

⁎

(d)

Carcinoma Benign tissue
0

1

2

3

4
MT-CO1 protein expression

St
ai

ni
ng

 in
te

ns
ity

⁎

(e)

Carcinoma Benign tissue
0

1

2

3

4
ATP5F1A protein expression

St
ai

ni
ng

 in
te

ns
ity

⁎⁎⁎⁎

(f)

Figure 2: OXPHOS complex expression in prostate carcinomas and corresponding benign prostate tissue. (a) VDAC1, (b) NDUFS4,
(c) SDHA, (d) UQCRC2, (e) MT-CO1, and (f) ATP5F1A. The intensities of the stainings are given as the median± SD. ∗∗∗∗p < 0 0001,
∗∗∗p < 0 001, ∗∗p < 0 01, and ∗p < 0 05.
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Figure 3: Staining of OXPHOS complexes, VDAC1, and AMACR/p63 in a prostate carcinoma with partial loss of ATP5F1A and adjacent
benign prostate tissue. (a, b) NDUFS4; (c, d) SDHA; (e, f) UQCRC2; (g, h) MT-CO1; (i, j) ATP5F1A; (k, l) VDAC1; and (m, n) AMACR/p63.
(a, c, e, g, i, k, m) carcinoma and (b, d, f, h, j, l, n) benign prostate tissue. The punches are 0.6mm in diameter. AMACR/p63 staining
was used to visualize carcinoma cells (brown) and benign prostate tissue (blue).
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it is part of an important apoptosis pathway. The NDUFS1
subunit of complex I can be cleaved by caspase 3 to induce
apoptosis [15].

Interestingly, ATP synthase (complex V) staining was
decreased in a substantial number of prostate carcinomas
(10%) and benign prostate tissues (11%). We have previously
shown that the loss of complex V is a rare event in different
solid tumors [1, 4–6, 10, 12, 13, 28, 33]. In contrast to these
tumor entities, a significant percentage of prostate tumors is
characterized by this relatively rare bioenergetic phenotype.
Overall, the level of complex V subunit ATP5F1A was
increased in our prostate cancer cohort. Up- or downregula-
tion of specific subunits of ATP synthase was reported
depending on the tumor entity [35–40]. Increased levels of
ATP synthase subunits α and d were present in 76–79% of
colorectal carcinomas [41]. ATP synthase d was significantly
overexpressed in 93 lung adenocarcinomas [39]. We also
found that complex V and complex II usually correlate with
mitochondrial mass, as indicated by VDAC1 and citrate
synthase activity [4, 5, 12, 13, 28, 42].

To our knowledge, this is the first report of the total lack
of complex V in a subset of prostate tumors. Interestingly,
complex V defects are very rare among patients with mito-
chondrial diseases compared to defects of the other four
complexes of the OXPHOS system. Mutations in patients
have been reported only for the mitochondrial genes
MT-ATP6 and MT-ATP8 and the nuclear genes ATP5F1A

and ATP5E [43–45]. In this context, the ATP synthase
inhibitory factor 1 (IF1) is of interest because it is upregulated
in many human carcinomas and implicated in the control of
mitochondrial bioenergetics and structure by regulating the
activity and oligomerization of ATP synthase [46–48].
IF1 suppresses programmed cell death, thereby enhancing
tumor invasion and chemoresistance. Indeed, a possible role
of complex V in prostate cancer development is also sug-
gested by the significant positive correlation we detected
between ATP5F1A level and age at diagnosis/prostatectomy
as well as ATP5F1A level and percentage of free PSA in
relationship to total PSA.

One of every six men will be diagnosed with prostate car-
cinoma during his lifetime (https://www.cancer.org/cancer/
prostate-cancer/about/key-statistics.html), and prostate can-
cer accounts for 8% of all new cancer cases. Therefore, the
finding that a high percentage of prostate carcinomas and
the corresponding benign prostate tissues show OXPHOS
deficiency warrants consideration in therapeutic strategies.

5. Conclusions

Based on our own studies, we estimate that at least 10% of
all tumor cases show low levels of OXPHOS similar to
those we detected in prostate carcinomas. Since most diag-
nosed tumors are carcinomas, this is a very conservative esti-
mate. Therefore, the therapeutic implications of OXPHOS
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Figure 4: Frequency distribution of the lowest staining intensities found in prostate carcinoma and corresponding benign prostate tissue
punches. (a) VDAC1, (b) NDUFS4, (c) SDHA, (d) UQCRC2, (e) MT-CO1, and (f) ATP5F1A. The frequencies are given in percent. The
staining intensities are as follows: 0 = no staining, 1 =weak staining, 2 =moderate staining, 3 = strong staining, and 4 = very strong staining.
CA, prostate carcinoma; BIN, benign prostate tissue.
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deficiencies are potentially enormous because these tumors
should be prone to metabolic therapies used to selectively kill
tumor cells.

Data Availability

The data used to support the findings of this study are
included in the article.

Conflicts of Interest

The authors declare no competing interest.

Authors’ Contributions

René G. Feichtinger and Georg Schäfer contributed equally
to the work.

Acknowledgments

This research was supported by grants from the “Verei-
nigung zur Förderung der pädiatrischen Forschung und
Fortbildung Salzburg” and the Austrian Research Promotion
Agency (822782/THERAPEP).

Supplementary Materials

Supplementary Figure 1: OXPHOS complex expression in
prostate carcinomas of different Gleason scores. (a) VDAC1,
(b)NDUFS4, (c) SDHA, (d)UQCRC2, (e) MT-CO1, and (f)
ATP5F1A. The intensities of the stainings are given as
the median± SD. ∗∗p < 0 01 and ∗p < 0 05. Supplementary
Figure 2: frequency distribution of the lowest staining
intensities found in prostate carcinoma tissue punches
of different Gleason scores. (a) VDAC1, (b) NDUFS4, (c)
SDHA, (d) UQCRC2, (e) MT-CO1, and (f) ATP5F1A.
The frequencies are given as percentages. The staining
intensities are as follows: 0 =no staining, 1 =weak staining,
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8 Oxidative Medicine and Cellular Longevity



2=moderate staining, 3 = strong staining, and 4=very strong
staining. Supplementary Figure 3: staining of OXPHOS
complexes, VDAC1, and AMACR/p63 in a prostate carci-
noma of Gleason score 7 and adjacent benign prostate tissue.
(a, b) NDUFS4; (c, d) SDHA; (e, f) UQCRC2; (g, h) MT-
CO1; (i, j) ATP5F1A; (k, l) VDAC1; and (m, n) AMACR/
p63. (a, c, e, g, i, k) carcinoma and (b, d, f, h, j, l, n) benign
prostate tissue. The punches are 0.6mm in diameter.
AMACR/p63 staining was used to visualize carcinoma cells
(brown) and benign prostate tissue (blue). Supplementary
Table 1: staining intensities of each tissue punch and mean
staining intensities with clinical data. Supplementary Table 2:
comparison of the expression levels of OXPHOS subunits
and VDAC1 in benign prostate tissue and carcinomas of
different Gleason scores. (Supplementary Materials)
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Vascular dysfunctions, hypometabolism, and insulin resistance are high and early risk factors for Alzheimer’s disease (AD), a
leading neurological disease associated with memory decline and cognitive dysfunctions. Early defects in glucose transporters
and glycolysis occur during the course of AD progression. Hypometabolism begins well before the onset of early AD symptoms;
this timing implicates the vulnerability of hypometabolic brain regions to beta-secretase 1 (BACE-1) upregulation, oxidative
stress, inflammation, synaptic failure, and cell death. Despite the fact that ketone bodies, astrocyte-neuron lactate shuttle,
pentose phosphate pathway (PPP), and glycogenolysis compensate to provide energy to the starving AD brain, a considerable
energy crisis still persists and increases during disease progression. Studies that track brain energy metabolism in humans,
animal models of AD, and in vitro studies reveal striking upregulation of beta-amyloid precursor protein (β-APP) and carboxy-
terminal fragments (CTFs). Currently, the precise role of CTFs is unclear, but evidence supports increased endosomal-lysosomal
trafficking of β-APP and CTFs through autophagy through a vague mechanism. While intracellular accumulation of Aβ is
attributed as both the cause and consequence of a defective endolysosomal-autophagic system, much remains to be explored
about the other β-APP cleavage products. Many recent works report altered amino acid catabolism and expression of several
urea cycle enzymes in AD brains, but the precise cause for this dysregulation is not fully explained. In this paper, we try to
connect the role of CTFs in the energy translation process in AD brain based on recent findings.

1. Introduction

Alzheimer’s disease (AD), a progressive neurodegenerative
disorder, evolves over many years and is characterized by epi-
sodes of memory impairments, loss of cognitive skills [1],
and personality changes [2]. Although both tau and amyloid
beta (Aβ) reportedly play normal functions at the synapse,
the transsynaptic spread of pathogenic tau aggregates and
accumulation of toxic Aβ oligomers are together believed to
be crucial for synapse loss and neurodegeneration in AD
[3]. Despite marked neuronal death during late AD, it is
worthwhile to examine the survival of a limited number of
Aβ-resistant neurons via increased glucose uptake [4].
Unfortunately, it is difficult to understand how and why only
certain nerve cells become resistant to Aβ toxicity, a fact that

emphasizes the need to identify precise therapeutic targets
for AD. Notably, the toxicity of Aβ oligomer species occurs
within seconds to minutes, although it takes several years to
attain disease severity. This inequality, along with disparate
results of antiamyloid clinical trials, questions the centrality
of Aβ as the chief mediator of neuronal cell death [5]. More-
over, whether Aβ oligomeric species directly cause AD is still
arguable [6].

Early stages of AD include white matter changes that
involve pericyte degeneration and vascular defects with loss
of myelinated axons and oligodendrocytes [7]. Hypometabo-
lism occurs early in AD progression, with oxidative stress and
impaired mitochondrial bioenergetics [8]. Disruption of nor-
mal Aβ synaptic signaling and nonfulfillment of synaptic
energy demands presumably cause amyloid toxicity and
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metabolic stress [5, 9]. Currently, the amyloid cascade
hypothesis accentuates the role of soluble Aβ oligomers
[10–12] and tau aggregates [13, 14] in AD pathogenesis.
However, notable emerging views on the role of insulin resis-
tance and hypometabolism connected to AD suggest that the
damage induced by pathogenic Aβ entities could be a sec-
ondary effect rather than the early and precise cause of AD.

As part of normal aging, oxygen and glucose metabolic
rates are consistently altered in brain cells [15] and are dras-
tically changed in many neurodegenerative diseases [16].
Although numerous alternative pathways could fulfill brain
energy needs, there will still be an unmet energy demand
[17]. Adenosine triphosphate (ATP) production could be
age dependently decreased owing to poor nutrient and
oxygen supply as well as reduced rates of glycolysis and oxi-
dative phosphorylation [18]. Brain hypoperfusion and loss of
blood-brain barrier (BBB) integrity can diminish nutrient
import and/or toxin removal [19]. Recent research focuses
on AD hypometabolism-associated cognitive impairments.
Reduced glucose transporter 1 (GLUT1) levels cause an
age-dependent decrease in cerebral capillary density, reduced
cerebral blood flow and glucose uptake, and increased BBB
leakage [20]. Indeed, these metabolic and vascular alterations
precede dendritic spine loss in cornu ammonis 1 (CA1)
hippocampal neurons, and associated behavioral impair-
ments implicate energy dysfunctions during the course of
AD. Several seminal works also implicate alterations in spine
shape, density, and size of aged neurons, indicative of gross
changes in dendritic structures [18].

The precise cellular events of hypometabolism associated
with AD progression are poorly understood. Unfortunately,
apart from ketone bodies, astrocyte-neuron lactate shuttle,
the pentose phosphate pathway (PPP), and glycogenolysis,
there are no clear-cut data that support other energy com-
pensatory mechanisms to balance the bioenergetic deficits
in AD brain. Several findings substantiate that plasma levels
of certain amino acids are significantly altered in mild cogni-
tive impairment (MCI) and AD patients compared to control
individuals [21–23]. The BBB restricts the entry of gluta-
mate and other anionic excitatory amino acids from the
circulation [24], although it allows selective transport of
certain amino acids to support neuronal functions through
transporters [25, 26]. However, whether transported amino
acids could support brain energy functions during starva-
tion/hypometabolism is not clear. A growing body of evi-
dence suggests that starvation/hypometabolism in AD brain
increases endosomal-lysosomal trafficking of β-amyloid
precursor protein (β-APP) meant for clearance during
autophagy. The intricate role of such events and further func-
tions need to be further explored. Moreover, the apparent
cause for abnormal β-APP processing in AD brains is
relatively unclear. This review envisages the importance of
vascular abnormalities, hypometabolism, insulin resistance,
and altered β-APP processing in AD along with our hypo-
thetical views on possible energy compensatory mechanisms
in AD brain (Figure 1).

1.1. Hypoxia and Hypometabolism Are Early Events in AD.
Cerebral amyloid angiopathy- (CAA-) associated microbleeds

are one of several causative factors attributed to brain hypo-
metabolism and atrophy in AD [27]. Vascular risk factors,
such as adversely affected hippocampus microvasculature
length [28], hypoperfusion [29], hypoxia, and hypometabo-
lism, contribute greatly to early AD progression [30–34]. A
stronger correlation seems to exist between brain energy inhi-
bition and AD severity [35, 36]. Consistently, agents used to
alleviate brain energy dysfunctions are promising for the treat-
ment of cognitive and neurological diseases including AD
[37–40].

While fludeoxyglucose positron emission tomography
(18F-FDG-PET) helps to detect the cerebral metabolic rate
of glucose metabolism (MRglc) in AD [41], voxel-based mor-
phometry (VBM) of T1-weighted magnetic resonance imag-
ing (MRI) could reveal brain atrophy [42]. Recent 18F-FDG-
PET studies confirm hypometabolism in early sporadic AD
[43, 44]. Moreover, region-specific severe hypometabolism
in AD brain regions shows age invariance with greatly
reduced frontal cortex glucose metabolism [45, 46]. There
is a strong correlation between glucose hypometabolism
and atrophy in the precuneus in early AD subjects based on
18F-FDG-PET studies [47]. In mild AD subjects, there is
significantly lowerMRglc in the parietal cortex, posterior cin-
gulate, and thalamus [48]. Different research groups report
hypometabolism in AD/probable AD subjects in the tempo-
ral cortex, bilateral middorsolateral frontal region, frontal
brain, and parieto-mesial cortex regions based on 18F-FDG-
PET [42, 49, 50]. Although Stein et al. [51] identified energy
fluctuations manifested as poor glucose metabolic rate in the
limbic areas of the temporal lobe, a voxel-based study that
analyzed AD brain regions revealed significant atrophy of
the hippocampus and amygdala [52]. Metabolic fluctuations
of key glycolytic enzymes [53] and oxygen delivery in the cir-
culating erythrocytes could also be risk factors for brain
hypometabolism in AD [54].

The “Warburg effect,” well described for cancer cells,
appears to apply to neuronal cells [4], notably during the
mild phase of AD where neurons with defective glucose
uptake show resistance to Aβ toxicity. Thus, the predementia
phase of AD provides evidence of gray matter loss and brain
glucose deficits [55]. Reduced expression of energy metabo-
lism genes that encode subunits of the mitochondrial elec-
tron transport chain is also apparent in the posterior
cingulate neurons of AD brains [56]. Mitoenergetic failure
develops in Aβ overexpressing Caenorhabditis elegans, a
finding that demonstrates this phenomenon is not unique
to human AD [57]. Using Trem2−/− 5xFAD transgenic mice,
mutations in triggering receptor expressed on myeloid cells 2
(TREM2) can lead to energy dysfunctions in the immune
cell microglia and thereby cause impaired clearance of amy-
loid plaques; energy supplementation with cyclocreatine to
immune cells reduces the plaque load to protect the neurons
[58]. Altogether, vascular and metabolic fluctuations are well
indicated during the early course of AD.

1.2. Defective Glycolytic Enzymes, Glucose Transporters, and
Impaired Insulin Signaling in AD. It is difficult to determine
whether brain hypometabolic status is a consequence or
cause of AD pathology, but many recent works support the
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latter. Elevated plasma glucose concentrations in fasting con-
ditions are attributed to increased brain glucose levels in AD,
a finding that implicates insulin resistance [59]. Human and
animal studies clearly show reduced expression of glucose
transporters in aged [60] and AD [59] brains, including
changes in the expression of key enzymes involved in glycoly-
sis and oxidative phosphorylation [61–63]. Evidence supports
considerable neuronal loss in AD brain that involves oxidative
stress-mediated inhibition of glyceraldehyde-3-phosphate
dehydrogenase (GAPDH) activity [64]. The reduced flux of
pyruvate carboxylase (PC) in gluconeogenesis and pentose
phosphate from the hexose monophosphate shunt reported
in the brains of AβPP-PS1 mice (an AD model) further indi-
cates poor glucose metabolism [65]. A study with Thy-1
mito-CFP mice showed reduced ATP levels in white matter
during aging, in correlation with ultrastructural alterations
in mitochondria, as well as reduced association of mitochon-
dria with the endoplasmic reticulum [66]. The van Gijsel-
Bonnello et al. group [67] recently performed metabolomic
analysis using 5xFAD transgenic mouse astrocytes and
showed marked changes in the glycolytic pathway and tricar-
boxylic acid cycle (TCA).

A considerable number of research substantiates glucose
transporter defects [20, 68–70], neurovascular dysfunctions

associated with glucose transporter defects [20], poor glucose
utilization [71, 72], and cognitive dysfunctions [73] in AD.
The defective insulin signaling mechanisms reported in AD
[70, 74–77] further strengthen the vascular and metabolic
anomalies in AD, and the disease could be described as type
3 diabetes [78, 79]. Therefore, therapeutics aimed towards
curing AD would need to significantly rely on regulating
insulin levels and brain cellular energy levels [80–84]. Insulin
improves cognition and may be neuroprotective, yet different
intranasal insulin concentrations exert varying responses in
subsets of AD patients [39, 40, 84–86].

1.3. Hypoxia and Energy Stress/Starvation Influences β-APP
Processing and Beta-Secretase 1 (BACE1) Levels. Defective
glycolysis [59] and oxidative phosphorylation tend to be part
of the metabolic adaptation process implicated as early signs
of sporadic AD [15]. Substantial evidence pinpoints that
hypoxia significantly increases BACE1 gene expression
through hypoxia-inducible factor 1-alpha (Hif1α) upregula-
tion [32, 87–89]. Although increased BACE1 activity reduces
mitochondrial glucose uptake [90], a majority of work sup-
ports the view that BACE1 upregulation accounts for energy
inhibition [36, 91–93]. Gabuzda et al. [94] explored energy-
related metabolic stress on APP processing using sodium
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azide and agents that inhibit protein transport in the secre-
tory pathway (monensin and brefeldin A). These agents
could ultimately drive oxidative energy impairment in mito-
chondria to alter several-fold APP proteolytic processing into
an 11.5 kDa carboxy terminal fragment. In another work,
Velliquette et al. [91] revealed that energy inhibition by
agents such as insulin, 2-deoxyglucose, 3-nitropropionic
acid, and kainic acid in wild-type and Tg2576 transgenic
mice strikingly elevates cerebral BACE1 levels concomitant
with progressive AD pathology. Xiong et al. [93] inhibited
mitochondrial complex I, II, and IV with rotenone, nitropro-
pionic acid, and sodium azide, respectively, to prove that
mitochondrial respiratory inhibition and oxidative stress
trigger BACE1 expression as well as the presence of β-APP
carboxy terminal fragments. Gatta et al. [92] inhibited heme
synthesis and mitochondrial energy production using small
interfering RNA and N-methylprotoporphyrin IX; these
actions alter APP processing and amyloid aggregation. In
another work [95], fasting differentially activates macroauto-
phagy in 5xFAD mouse neurons compared to control mice.
Fasting alters the numbers and pattern of autophagosomes
in neurons, although the study suggests that activated macro-
autophagy after fasting does not degrade intracellular Aβ
that is increased due to enhanced uptake from the extra-
cellular space [95]. Inhibition of the key glycolytic enzyme
6-phosphofructo-2-kinase in astrocyte cultures increases
amyloidogenic processing of APP [96]. Unfortunately, the
cause for increased BACE1 and β-APP processing in condi-
tions such as energy inhibition, starvation, and hypometabo-
lism in AD brain is still unclear. However, there is a plausible
relationship between hypometabolism and autophagy. Spe-
cifically, defects in mammalian target of rapamycin (mTOR)
signaling in AD brain correlate with impaired mitochondrial
functions and energy metabolism [97]. Whether hypome-
tabolism precedes defective autophagy or the vice versa
requires further exploration.

1.4. Connection between Early Autophagy/Macrophagy and
β-APP Processing. Macroautophagy activation occurs dur-
ing conditions such as cellular stress due to nutritional
deficit or cell injury [98]. This process represents a lyso-
somal pathway for the turnover of organelles and long-
lived proteins and is a key determinant of cell survival
and longevity [99]. While chaperone-mediated autophagy
(CMA) involves chaperone-mediated degradation of pro-
teins near the lysosomal lumen that have specific sequence
signals [100], macroautophagy degrades misfolded and
aggregated proteins by lysosomal machinery [101]. Using a
fusion protein called tandem-fluorescent-APP, investigators
showed that starvation triggers the trafficking of APP and
APP-carboxy-terminal fragments (APP-CTFs) to the degra-
dative endolysosomal network, a finding that provides a
new hint for identifying key therapeutics for AD [102]. A
more recent work indicates increased BACE1 turnover in
the vicinity of suppressed autophagy after lysosomal inhibi-
tion [103]. Since BACE1 recruitment to the autophagy path-
way and its comigration with autophagic vacuoles seems to
occur similarly along the entire axon, autophagic induction
with concomitant BACE1 retention could promote increased

β-APP cleavage processing. Taken together, the protective
role of autophagy elicited under metabolic stress conditions
reveals bioenergetic adaptations in the cellular environment
[104]. Thus, autophagy could provide compensatory regula-
tion of brain energy through the APP trafficking pathway.

Culminating evidence pinpoints early induction of neu-
ronal macroautophagy in sporadic AD brains and trans-
genic mouse models of AD pathology even before the
visualization of extracellular Aβ deposits [99, 105]. While
dystrophic dendrites are the sites where autophagosomes
and late autophagic vacuoles (AVs) accumulate, it is possi-
ble that purified AVs are the source of APP, beta-cleaved
APP, presenilin 1, nicastrin, and γ-secretase activity. None-
theless, Boland et al. [106] reveal that although neuronal
macroautophagy does not directly regulate APP metabolism,
there is plausible proof for an antiamyloidogenic role of lyso-
somal proteolysis in postsecretase APP-CTF catabolism.
Indeed, agents/drugs that can reduce Aβ levels in the brain
probably account for the increased degradation of APP-
CTFs as well as Aβ clearance [107].

1.5. Amino Acid Sensing in Lysosomes Provides Hints about
the Brain Energy Translation Process. The role of lysosomal
machinery in the degradation and recycling of cellular
waste is not novel. Moreover, the localization of lysosomal
hydrolases within neurons is a feature of AD [108]. How-
ever, compelling evidence supports additional lysosomal
machinery functions involved in secretion, plasma mem-
brane repair, and energy metabolism [109]. While several
studies provide mechanistic insights about the lysosome
and cellular energy metabolism [109–112], much remains
to be explored in brain regions and particularly in AD.
Other studies show a favoring of amino acid sensing and
mTOR signaling promoted by vacuolar H+-ATPase within
the lysosomal compartment [113–115]. In a recent review,
Carroll and Dunlop [116] detail the role of lysosomes in
autophagy, in amino acid sensing by mTOR complex 1
(mTORC1), and the key signaling events associated among
lysosomes, adenosine monophosphate-activated protein
kinase (AMPK), and mTORC1. Considering this point of
view, the events associated with endosomal-lysosomal traf-
ficking of β-APP [102, 117] need much more exploration to
support energy-related functions of cleaved APP fragments.

1.6. Culminating Work Shows Amino Acid Catabolism and
Urea Cycle Activation in AD Brain. While ketone bodies
[118, 119], PPP [67], and astrocyte-neuron lactate shuttle
[120] try to compensate for AD brain energy deficits, there
is still (to some extent) an increasing demand for brain
energy. Urea cycle activation in AD brain [121–123] to
remove ammonia generated from increased amino acid
catabolism [121, 123, 124] provides evident and plausible
insights into amino acid catabolism for energy conversion.
AD brains exhibit increased expression of carbamoyl phos-
phate synthetase 1 (CPS-1) and peptidylarginine deiminase
(PAD), which catalyzes the conversion of arginine into cit-
rulline during ammonia formation [124]. The normal brain
lacks urea-cycle-related ornithine transcarbamylase (OTC)
and CPS-1 enzymes, a finding that strengthens the fact that
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AD brains are vulnerable to ammonia toxicity. Favorably,
defects in ammonia detoxification owing to the adversely
affected energy-producing pathway of glucose metabolism
(involving PC and PPP) were reported in 20-month-old
AβPP-PS1 mice [65].

According to Seiler [125], hyperammonemia in the blood
and brain of AD subjects can provoke toxicity, contribute to
AD pathogenesis, and alter β-APP processing in the lyso-
some. Ammonia is the major end product of cellular amino
acid metabolism [126], and the brain can derive ammonia
from both endogenous and exogenous pathways [125, 127].
Endogenous sources include degradation of neurotransmit-
ters (glutamate, aspartate, and other monoamines), amino
acids (e.g., glutamine, asparagine, and glycine), and hexam-
ines. Deamination of amino-purines, amino-pyrimidines,
and oxidative deamination of primary amines overall con-
tribute to the endogenous sources of brain ammonia. Given
the fact that the urea cycle in AD brains generates copious
amounts of ammonia, a considerable amount of protein
degradation must occur during AD pathogenesis. Increasing
evidence pinpoints amino acid catabolism [128, 129] and
ammonia accumulation in AD brain [128, 130, 131],
although the exact processes remain unclear. However, such
notable findings could indicate activation of energy compen-
sation regulatory mechanisms in hypometabolic AD brain.
Findings from Hansmannel et al. [121] strikingly reveal that
all urea cycle enzymes are expressed in AD brain, with nota-
bly increased arginase-2 (Arg2) gene expression compared
to control. Moreover, vulnerable AD brain regions exhibit
region-specific alterations in arginase and nitric oxide

synthase (NOS) [132]. OTC induction and Arg2 upregula-
tion in AD would attempt to reduce brain ammonia,
including reduction of NO and inducible NOS levels, actions
that may emphasize the intricate neuroprotective role of the
urea cycle pathway [121]. In Huntington’s disease (HD),
another neurodegenerative disease, markedly elevated toxic
urea levels in the brain before dementia onset precede
brain damage in a transgenic sheep HD model and human
subjects [133]. Since urea and ammonia are the key metabolic
units of protein catabolism, there is a clear-cut indication for
major protein catabolism in neurodegenerative HD and AD.
Interestingly, a recent ongoing phase 2 clinical trials for AD is
testing AMX0035 which is an oral formulation of two drugs,
sodium phenylbutyrate (PB) and tauroursodeoxycholic-acid
(TUDCA). While PB is an FDA-approved drug prescribed
for urea-cycle disorders to reduce toxic unfolded proteins,
TUDCA helps in reducing cellular energy loss.

1.7. Evidence Spotlights the Importance of APP-CTFs-Derived
Amino Acids in Brain Energy Functions in AD. Serum and
cerebrospinal fluid metabolomics studies reveal major
alterations in canonical energy metabolism pathways, Krebs
cycle, mitochondrial function and amino acid metabolism
in MCI and AD patients [22]. Since starvation promotes
trafficking of both APP and APP-CTFs to the degradative
endolysosome [102], it provides clues for compensatory
mechanisms initiated to counterbalance the energy deficits.
Proteolytic processing of APP mainly involves amyloido-
genic and nonamyloidogenic pathways [134, 135] as detailed
below (Figure 2). BACE1 cleavage of APP within its
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extracellular/luminal domain represents the amyloidogenic
pathway and promotes shedding of soluble β-secreted APP
(sAPPβ) and membrane-associated C-terminal fragment of
99 amino acids (βCTF/C99) or 89 amino acids (βCTF/
C89). After ectodomain shedding, γ-secretase (protein com-
plex comprised of presenilin 1 or 2, Aph1 homolog A or B,
nicastrin, and presenilin enhancer protein 2) cleavage occurs
in the membrane-tethered C89 and C99 and thereby releas-
ing p3 from C89 or Aβ peptides from C99. The nonamyloi-
dogenic pathway at the plasma membrane involves
cleavage by α-secretases (ADAM10/ADAM17) that gener-
ates soluble α-secreted APP (sAPPα) and a C-terminal
membrane-bound fragment of 83 amino acids (αCTF/C83).
Further cleavage of this fragment by γ-secretase releases the
p3 peptide. The retrograde trafficking mechanisms that fol-
low either α- or β-secretase cleavage allow delivery of APP-
CTFs to the trans-Golgi network (TGN). Based on recent
findings, the majority of γ-secretase cleavage of APP occurs
in the TGN [136]. Notably, γ-secretase cleavage of both
βCTF/C99 and αCTF/C83 generates the APP intracellular
domain (AICD), but it is rapidly degraded similar to p3.
Growing evidence depicts novel/alternative metabolic pro-
cessing pathways (η-secretase, δ-secretase, and meprin path-
ways) during physiological processing of APP [137, 138].
Usually, carboxy-terminal fragments, such as βCTF/C89,
βCTF/C99, and αCTF/C83, are targeted to the endosomal-
lysosomal compartment [102, 139]. The biological impor-
tance of βCTF/C99, βCTF/C89, αCTF/C83, and p3 remains
unclear [135], although many studies substantiate the neu-
roprotective functions of sAPPα, including in brain devel-
opment, growth factor, neural cell proliferation [140, 141],
and synaptic plasticity [142]. sAPPβ is involved in pruning
of synapses during the development of both central and
peripheral neurons [143] but reported to cause suppression
of neuronal stem cell differentiation [144]. Although contro-
versies exist about the biological functions of the AICD frag-
ment, it is reported to be involved in gene transcription,
cytoskeletal dynamics, and apoptosis [145]. However, during
lysosomal degradation that recruits various CTFs (βCTF/
C89, βCTF/C99, and αCTF/C83), it is likely that constitu-
tive amino acids formed after proteolytic cleavage could
serve as TCA cycle intermediates to fulfill brain energy defi-
cits [146]. It remains elusive whether cleaved amino acids
from APP after degradation in endolysosomes [102] also
provide energy via the TCA cycle. This could be due to
the fact that during APP sorting, beclin1 promotes target-
ing of a smaller fraction of surface-internalized APP to
microtubule-associated protein 1 light chain 3- (LC3-) posi-
tive phagophores for degradation [147]. According to Hoyer
et al. [148], hypoxia/sodium azide insults in HEK293 cells
stably transfected with bAPP695 show energy failure with
strikingly elevated ATP turnover and adenosine levels that
parallel intracellular APP increases. In another work, upon
hypoglycemic induction, rat neuronal cultures increase uti-
lization of amino acids as evidenced by ammonia forma-
tion due to amino acid catabolism [149]. Overall, there is a
considerable body of evidence that supports β-APP energy-
related functions during AD hypometabolism. Further
detailed investigations are warranted on APP-related energy

functions in order to accurately track the pathological cas-
cade to develop precise therapeutic targets. Recently, a study
revealed that a greater number of dendritic spines in
healthy brains (controls) compared to age-matched AD
brains poorly correlate with symptoms such as dementia
in controls, despite marked amyloid plaques and tangles
observed in both types of brains [150]. This intriguing
result demarcates the disease and healthy brains from the
amyloid cascade hypothesis and creates avenues for further
exploration in AD research.

2. Summary

AD brain is vulnerable to increased β-APP proteolytic cleav-
age and accumulation of various CTFs as well as APP in the
endolysosomal compartment. While these intricate events
are complicated, the relative cause and functions of cleavage
products are poorly understood. In this paper, we hypothe-
size that in hypometabolic AD brains, the constitutive amino
acids of CTFs and APP formed during endolysosomal degra-
dation could compensate for metabolic demands through the
TCA cycle. Our hypothetical views on APP-related brain
energy functions can be justified with numerous recent works
that implicate amino acid catabolism, urea cycle activation
(due to increased amino acid catabolism), and ammonia tox-
icity propagated in AD brain. We also try to connect possible
neuroprotective mechanisms in AD brain against ammonia
toxicity through activation of urea cycle enzymes (Arg-2
and OTC) and decreased nitric oxide (NO) levels.
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Background. Mitochondrial dynamics (mtDYN) has been proposed as a bridge between mitochondrial dysfunction and insulin
resistance (IR), which is involved in the pathogenesis of type 2 diabetes (T2D). Our previous study has identified that
mitochondrial DNA (mtDNA) haplogroup B4 is a T2D-susceptible genotype. Using transmitochondrial cybrid model, we have
confirmed that haplogroup B4 contributes to cellular IR as well as a profission mtDYN, which can be reversed by antioxidant
treatment. However, the causal relationship between mtDYN and cellular IR pertaining to T2D-susceptible haplogroup B4
remains unanswered. Methods. To dissect the mechanisms between mtDYN and IR, knockdown or overexpression of MFN1,
MFN2, DRP1, and FIS1 was performed using cybrid B4. We then examined the mitochondrial network and mitochondrial
oxidative stress (mtROS) as well as insulin signaling IRS-AKT pathway and glucose transporters (GLUT) translocation to
plasma membrane stimulated by insulin. We employed Drp1 inhibitor, mdivi-1, to interfere with endogenous expression of
fission to validate the pharmacological effects on IR. Results. Overexpression of MFN1 or MFN2 increased mitochondrial
network and reduced mtROS, while knockdown had an opposing effect. In contrast, overexpression of DRP1 or FIS1 decreased
mitochondrial network and increased mtROS, while knockdown had an opposing effect. Concomitant with the enhanced
mitochondrial network, activation of the IRS1-AKT pathway and GLUT translocation stimulated by insulin were improved. On
the contrary, suppression of mitochondrial network caused a reduction of the IRS1-AKT pathway and GLUT translocation
stimulated by insulin. Pharmacologically inhibiting mitochondrial fission by the Drp1 inhibitor, mdivi-1, also rescued
mitochondrial network, reduced mtROS, and improved insulin signaling of diabetes-susceptible cybrid cells. Conclusion. Our
results discovered the causal role of mtDYN proteins in regulating IR resulted from diabetes-susceptible mitochondrial
haplogroup. The existence of a bidirectional interaction between mtDYN and mtROS plays an important role. Direct
intervention to reverse profission in mtDYN provides a novel therapeutic strategy for IR and T2D.
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1. Introduction

The mitochondrion, an organelle responsible for the produc-
tion of ATP, plays a central role in cellular metabolism [1].
Mitochondria form a complex dynamic network that contin-
uously undergoes fusion and fission events, known as mito-
chondrial dynamics (mtDYN). Mitochondrial dynamics is a
quality control system critical for maintaining the mitochon-
drial population and relevant to the stability of mitochondrial
DNA (mtDNA), respiratory capacity, and cell response to
stress [2]. Quality control might not be the only task carried
out by mtDYN. Recent studies link mtDYN to the balance
between energy demand and nutrient supply [3]. Several
lines of evidence revealed alterations in mtDYN in insulin-
resistant states and type 2 diabetes (T2D) in humans and
in animal models [4–10]. Therefore, mtDYN have been
implicated in the development of insulin resistance (IR)
[9, 11, 12] and the pathogenesis of T2D [7, 13, 14].

In our previous work, we have firstly recognized that
subjects harboring mitochondrial haplogroup B4, consisting
of 16189T⟶C transition and 10398A allele, are diabetes-
susceptible risk factor [15]. By the construction of transmito-
chondrial cybrid cell, we verified the impact of haplogroup
B4 on cellular IR [16] as well as the imbalance of mtDYN
toward a profission state [17]. Further, antioxidant treatment
causes concomitance of the profusion manner of mtDYN
and improved IR in cybrid B4 [17]. However, the causal rela-
tionship of both physiological events has not been clarified.
To address whether mtDYN plays a causal role in regulating
cellular IR and serves as a potential therapeutic target, we
have bidirectionally manipulated the expression of dynamic
proteins, including MFN1, MFN2, DRP1, and FIS1 in cybrid
cell harboring diabetes-susceptible haplogroup B4. We also
employed Drp1 inhibitor, mdivi-1, to interfere with endoge-
nous expression of fission to validate the pharmacological
effects on IR.

2. Materials and Methods

2.1. Cell Culture and Cybrid Generation. Cells were cultured
using Dulbecco’s modified eagle’s medium (DMEM, high
glucose, Gibco, Carlsbad, CA, USA) supplemented with
10% heat-inactivated fetal bovine serum (FBS; Gibco,
Carlsbad, CA, USA) at 37°C in 5% CO2. The generation of
transmitochondrial cybrid was previously described [18].
Briefly, cybrids were generated by fusing 143B-ρ0 cells with
human platelets in the absence of pyruvate and uridine.
Platelets were isolated from a volunteer subject harboring
mtDNA haplogroup B4 and fused with ρ0 cells in the pres-
ence of polyethylene glycol 1500 (50% w/v; Roche, Nutley,
NJ, USA). This study protocol and written informed content
were reviewed and approved by the Institutional Review
Board of Chang Gung Memorial Hospital (CGMH; IRB
number 101-1620A3).

2.2. Experimental Procedure. Cells were starved of FBS for
16 h, followed by transfection of plasmid/siRNA or mdivi-1
treatment. Then, cells were stimulated with insulin (Sigma-
Aldrich, St. Louis, MO, USA) at 0, 0.1, or 1μM for 1 h and
then collected for experimental assays. Gene overexpression

and knockdown of Mfn1, Mfn2, Drp1, and Fis1 were per-
formed using Lipofectamine® 2000 (Invitrogen; Thermo
Fisher Scientific, Inc., Waltham, MA, USA). Transfection of
plasmid (RG207184; RG202218; RG202046; RG202560;
Origene Technologies, Inc., Rockville, MD, USA) and siRNA
(sc-43927; sc-43928; sc-43732; sc-60643; Santa Cruz Biotech-
nology, Santa Cruz, CA) spanned 24 and 48 h, respectively.
Mock control of gene overexpression and siRNA was
GFP-expression vector (OriGene-ORIPS100010, Origene
Technologies, Inc., Rockville, MD, USA) and dsRNA with
scramble sequence (sc-37007; Santa Cruz Biotechnology,
Santa Cruz, CA), respectively.

2.3. Mitochondrial Morphology. Mitochondria were visual-
ized using mitochondrial-targeting fluorescent protein cox4-
DsRed, which is a kind gift from Dr. David Chan (California
Institute of Technology, Pasadena, CA 91125, USA). The
MicroP algorithm categorized mitochondrial morphology
into six types: small globe (blue), large globe (yellow),
simple tube (green), twisted tube (orange), donut (red), and
branching tube (purple). N=75–400 mitochondria from
15–30 cells and three independent experiments.

2.4. Subfractionation of Cell Membrane. The Thermo Scien-
tific Subcellular Protein Fractionation Kit for Cultured Cells
(Thermo Fisher Scientific Inc., Rockford, IL, USA) was used
to stepwise separate cytoplasmic, membrane, nuclear soluble,
chromatin-bound, and cytoskeletal protein extracts from the
cultured cybrid B4 cells. Briefly, cell pellet (2× 106 cells in
20μL packed cell volume) was incubated with 200μL CEB
at 4°C for 10 minutes with gentle mixing and then centri-
fuged at 500× g for 5 minutes. The supernatant was immedi-
ately transferred to a clean prechilled tube on ice to get the
cytoplasmic extract. The pellet was mixed with ice-cold
MEB, vortexed the tube for 5 seconds, incubated at 4°C for
10 minutes with gentle mixing, and then centrifuged at
3000× g for 5 minutes. The supernatant was transferred to
a clean prechilled tube on ice to get the membrane extract.
The nuclear soluble, chromatin-bound, and cytoskeletal
protein extracts were separated stepwise according to the
instruction and stored at −80°C, and the cytoplasmic and
membrane extracts were maintained on ice for same-day use.

2.5. Detection of Mitochondrial Reactive Oxygen Species.
The levels of mitochondrial superoxide (O2

⋅−) produced
in the cells were quantified using a MitoSOX Red kit
(Molecular Probes, Invitrogen), which comprises a redox-
sensitive dye composed of hydroethidine linked by a hexyl
carbon chain to a triphenylphosphonium group, which
was used to target the mitochondrial matrix due to the
negative membrane potential across the inner mitochondrial
membrane. The cells were plated at a density of 8× 104 cells
per well in 12-well plates (Nunc, Denmark) with a medium
containing 25mM glucose. MitoSOX Red was added at a
final concentration of 1.0μM in HBSS (Gibco BRL, USA).
The cells were then incubated for 10min at 37°C, and
then they were harvested and washed twice with PBS.
They were fixed in 4% paraformaldehyde and mounted
in Fluoromount media (Sigma-Aldrich Co. LLC), which
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Figure 1: Overexpression of Mfn1/Mfn2 and Drp1/Fis1 promotes mitochondrial fusion and fission in DM cybrid, respectively.
Gene overexpression was conducted by the transfecting plasmid. GFP-expressing plasmid (vector) was used as vector control.
(a) Abundance of dynamic proteins Mfn1, Mfn2, Drp1, and Fis1 was determined using Western blotting. β-Actin served as loading
control. (b) Mitochondrial morphology was visualized by transfecting cox4-DsRed (red fluorescence) in DM cybrid expressing GFP alone
or GFP-tagged mitochondrial dynamic proteins (green fluorescence). An enlarged segment of each image was shown by a lower right
square. (c) The MicroP algorithm categorized mitochondrial morphology into six types: small globe (blue), large globe (yellow), simple
tube (green), twisted tube (orange), donut (red), and branching tube (purple). N= 75–400 mitochondria from 15–30 cells and three
independent experiments.
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assisted in the visualization of the slides under a fluores-
cence microscope (Leica, Wetzlar, Germany). The average
fluorescence intensity was quantitatively determined using

ImageJ by counting 50–100 cells per field of view, five
representative fields per experimental group, and three
independent experiments.
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Figure 2: Knockdown of Mfn1/Mfn2 and Drp1/Fis1 reduces mitochondrial fusion and fission in DM cybrid, respectively. siRNA transfection
was performed to knockdown target gene expression. Scramble dsRNA (scr) was used as siRNA negative control. (a) Abundance of dynamic
proteins Mfn1, Mfn2, Drp1, and Fis1 was determined using Western blotting. β-Actin served as loading control. (b) Mitochondrial
morphology was visualized by transfecting cox4-DsRed (red fluorescence). An enlarged segment of each image was shown by a lower right
square. (c) The MicroP algorithm categorized mitochondrial morphology into six types: small globe (blue), large globe (yellow), simple
tube (green), twisted tube (orange), donut (red), and branching tube (purple). N= 75–400 mitochondria from 15–30 cells and three
independent experiments.
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2.6. Western Blotting. The cells were plated at a density of
2× 106 cells per well in 6-well plates (Nunc, Denmark).
Following an overnight incubation, the cells were serum-
starved for 16 h, after which they were treated with a medium
containing 25mM glucose and stimulated with 0, 0.1, and
1.0μM insulin for 30min. The cells were harvested, after
which their protein extract was isolated using a buffer
containing 150mM NaCl, 50mM HEPES pH7, 1% Triton
X-100, 10% glycerol, 1.5mM MgCl2, 1mM EGTA, and a
protease inhibitor. The proteins were separated via SDS-
PAGE by using an 8–10% polyacrylamide gel, and then they
were transferred onto a polyvinylidene fluoride (PVDF)
membrane (Millipore) by using a blotting apparatus. The
membrane was blocked using 5% milk in TBS-T for 1 h at
room temperature and then incubated overnight at 4°C with
antibodies against anti-GLUT1 (1 : 1000 dilution from Santa
Cruz Biotechnology), anti-GLUT4 (1 : 1000 dilution from
Santa Cruz Biotechnology), anti-pIRS1 (Y896) (1 : 1000 dilu-
tion from Epitomics, Inc.), anti-IRS1 (1 : 2000 dilution from
Merck Millipore), p-Akt (S473) (1 : 1000 dilution from Santa
Cruz Biotechnology), anti-Akt (1 : 1000 dilution from Santa
Cruz Biotechnology), and anti-β-actin (1 : 50000 dilution
from Merck Millipore). Further, following conjugation of
the secondary antibody with HRP for 60min, the signals
on the membrane were detected using ECL-plus luminal
solution (Advansta, USA) and exposed to an X-ray film
for autoradiogram.

2.7. Statistical Analysis. The database was created using
Microsoft Excel and plotted using GraphPad Prism software
programs. The results were expressed as mean± standard
error (SE). Student’s t-test was used to compare groups,
whereas a one-way analysis of variance was used when more
than two groups were compared. A P value of less than 0.05
was considered statistically significant. The experiments were
conducted at least three times to verify reproducibility.

3. Results

3.1. Mitochondrial Network Can Be Remodeled by
Manipulating Mitochondrial Dynamic Genes in Diabetes-
Susceptible Cybrid Cell. To examine the causal role of

mitochondrial dynamics in insulin resistance relevant to
mtDNA variants, we established cybrid cell harboring
diabetes mellitus- (DM-) susceptible mtDNA haplogroup
B4 (thereafter DM cybrid) [18] and overexpressed Mfn1,
Mfn2, Drp1, and Fis1 in cybrid B4. Overexpression signifi-
cantly increased mitochondrial dynamic protein abun-
dance (Figure 1(a)). As mitochondrial dynamic proteins
govern fusion/fission manner of mitochondria [2], we
thus visualized mitochondrial network by transfecting
mitochondrial-targeted fluorescent protein cox4-DsRed and
quantifies mitochondrial morphology. Overexpression of
fusion-related Mfn1 and Mfn2 resulted in an increased
tubular network of mitochondria and reduced fragmentation
of mitochondria, whereas overexpression of fission-related
Drp1 and Fis1 led to a reversed manner (Figures 1(b)–
1(d)). Furthermore, we employed siRNA to interfere with
endogenous expression of Mfn1, Mfn2, Drp1, and Fis1
to validate their role in the manner of mitochondrial
dynamics. The abundance of Mfn1, Mfn2, Drp1, and
Fis1 were significantly reduced by siRNA (Figure 2(a)).
Knockdown of Mfn1/Mfn2 showed predominantly frag-
mental mitochondria, while knockdown of Drp1/Fis1 pre-
sented mainly networking mitochondria (Figures 2(b)–2(d)).
These results demonstrate that manipulating mitochondrial
dynamic genes significantly alter mitochondrial network in
DM cybrid.

3.2. Mfn1 and Mfn2 Ameliorate Insulin Resistance of
Diabetes-Susceptible Cybrid Cell. As shown in Figure 3(a),
the level of insulin-induced activation of IRS-1 phosphoryla-
tion of Tyr-896 was found to be increased significantly after
overexpression of fusion-related proteins (Mfn1/Mfn2).
Overexpression of Mfn2 showed increased p-IRS1 in basal
and insulin-treated cells, while Mfn1 increased p-IRS1 in
insulin-treated cells only (1μM). Furthermore, the Akt
Ser-473 phosphorylation, which served as a downstream
regulator of the PI3 kinase pathway, was also increased
significantly after overexpression of fusion-related proteins
(Mfn1/Mfn2) in DM-susceptible cybrids. This trend was
observed both in basal or after insulin (0, 0.1μM) treatment.
The GLUT1 and GLUT4 translocation to the plasma
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Figure 3: Both Mfn1 and Mfn2 ameliorate cellular insulin resistance. Cybrid B4 was starved of FBS for 16 h, transfected with plasmid/siRNA
for 24/48 h, and then treated with 0, 0.1, or 1μM insulin for 1 h. (a, d) p-IRS1-1(Y896), IRS-1, p-AKT(S473), and AKT were determined using
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membrane in DM-susceptible cybrids increased significantly
after overexpression of fusion-related proteins (Mfn1/Mfn2)
in basal and insulin-treated cells (Figures 3(b) and 3(c)).
In contrast, knockdown of fusion-related molecules
(Mfn1/Mfn2) significantly decreased the level of basal
and insulin-induced activation of IRS-1 and Akt phos-
phorylation (Figure 3(d)). Furthermore, knockdown of
fusion-related molecules decreased the GLUT1/GLUT4
translocation to the plasma membrane in DM-susceptible
cybrids (Figures 3(e) and 3(f)). In Mfn1 overexpression
cybrids, the trend was both in basal and insulin-treated
cells, while the trend in Mfn2 cybrids was in insulin-treated
cells only.

3.3. Drp1 and Fis1 Deteriorate Insulin Resistance of Diabetes-
Susceptible Cybrid Cell. As shown in Figure 4(a), the level of
both basal and insulin-induced activation of IRS-1 phosphor-
ylation of Tyr-896 was found to be decreased significantly
after overexpression of fission-related proteins (Drp1/Fis1).
The Akt Ser-473 phosphorylation was also decreased sig-
nificantly after overexpression of fission-related proteins
(Drp1/Fis1) both in basal and after insulin treatment. The
GLUT1 and GLUT4 translocation to plasma membrane
decreased significantly after overexpression of Fis1 proteins
in both basal and insulin-treated cells (Figure 4(c)), while
only GLUT4 translocation decreased in basal condition after
overexpression of Drp1 proteins (Figure 4(b)). In contrast,
knockdown of fission-related molecules (Drp1/Fis1) amelio-
rate insulin resistance of diabetes-susceptible cybrid cells.
Knockdown of Drp1/Fis1 significantly increased the level of
basal and insulin-induced activation of IRS-1 and Akt
phosphorylation (Figure 4(d)). Furthermore, knockdown of
fission-related molecules increased the GLUT1/GLUT4
translocation to the plasma membrane in DM-susceptible
cybrids (Figures 4(e) and 4(f)).

3.4. Pharmacologically Inhibiting Mitochondrial Fission Also
Improves Insulin Resistance of Diabetes-Susceptible Cybrid
Cell.We employed Drp1 inhibitor, mdivi-1, to interfere with
endogenous expression of fission to validate the pharmaco-
logical effects on IR. The abundance of both p-Drp1 and
Drp-1 were significantly reduced by mdivi-1 (Figure 5(a)).

The mitochondrial network was increased by mdivi-1
resulting in an increased tubular network of mitochondria
and reduced fragmentation of mitochondria (Figures 5(b)–
5(d)). As to IR, the level of activation of IRS-1 phosphoryla-
tion of Tyr-896 and the Akt Ser-473 phosphorylation were
increased significantly both in basal and after insulin treat-
ment (0, 0.1μM) (Figure 5(e)). Furthermore, the GLUT1
and GLUT4 translocation to the plasma membrane in
DM-susceptible cybrids was also increased significantly
after mdivi-1 treatment both in basal and insulin-treated
cells (0, 0.1μM) (Figure 5(f)).

3.5. Dynamic Proteins Modulate Mitochondrial ROS in
Cybrid B4. In our previous work [17], we have verified the
imbalance of mtDYN toward a profission state in cybrid B4
and antioxidant treatment reverse it to a profusion manner.
In this study, we further tested whether mtDYN may
affect the expression of mtROS. As shown in Figure 6(a),
overexpression of MFN1 or MFN2 reduced mtROS, while
knockdown has an opposing effect (Figure 6(b)). In con-
trast, overexpression of DRP1 or FIS1 increased mtROS
(Figure 6(a)), while knockdown has an opposing effect
(Figure 6(b)). Pharmacologically inhibiting mitochondrial
fission by the Drp1 inhibitor, mdivi-1 (10μM, 24hr), also
reduced mtROS (Figure 6(c)).

3.6. The Role of Mitochondrial Dynamics in Regulating
Insulin Resistance. In our previous and current reports with
clinical and in vitro studies, we conclude that mitochon-
drial genotypes and quality control were related to insulin
resistance (Figure 7).

4. Discussion

In our previous clinical studies, we found that mitochondrial
haplogroup B4, consisting of 16189T⟶C transition and
10398A allele, are diabetes-susceptible risk factor [15]. By
the construction of transmitochondrial cybrid cell, we
verified the impact of haplogroup B4 on cellular IR [16] as
well as the imbalance of mitochondrial dynamics [17]. Both
defects, IR and profission mtDYN, are reversed by antioxi-
dant treatment [16, 17]. Here, we further demonstrate
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Figure 4: Both Drp1 and Fis1 deteriorate cellular insulin resistance. Cybrid B4 was starved of FBS for 16 h, transfected with plasmid/siRNA
for 24/48 h, and then treated with 0, 0.1, or 1μM insulin for 1 h. (a, d) p-IRS1-1(Y896), IRS-1, p-AKT(S473), and AKT were determined using
Western blotting. β-Actin served as loading control. (b, c, e, f) Abundance of GLUT1 and GLUT4 in cytoplasm and membrane subfraction at
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quantitative result (mean± SEM) was calculated from at least three independent experiments. ∗p < 0 05.

8 Oxidative Medicine and Cellular Longevity



DMSO mdivi-1

Drp-1

Fo
ld

 ch
an

ge

Fo
ld

 ch
an

ge

DMSO mdivi-1

p-Drp1(s616)

D
M

SO

M
di

vi
-1

Drp1

p-Drp1 (s616)

�훽-Actin

⁎
⁎

0.00

0.25

0.50

0.75

1.00

0.00

0.25

0.50

0.75

1.00

(a)

DMSO Mdivi-1

(b)

Mdivi-1DMSO

(c)

Small globe

100

75

50

M
or

ph
ol

og
ic

al
 su

bt
yp

e (
%

)

25

0

Large globe Simple tube Twisted tube Donut tube Branching tube

Small globe
DMSO Mdivi-1 DMSO Mdivi-1 DMSO Mdivi-1 DMSO Mdivi-1 DMSO Mdivi-1 DMSO Mdivi-1

Large globe Small tube Twisted tube Donut tube Branching tube

⁎

⁎

⁎

(d)

D
M

SO

M
di

vi
-1

D
M

SO

M
di

vi
-1

D
M

SO

M
di

vi
-1

0

2

4

6

p-IRS (Y896)

0 �휇M insulin
0.1 �휇M insulin
1 �휇M insulin

0 �휇M insulin
0.1 �휇M insulin
1 �휇M insulin

Fo
ld

 ch
an

ge
(p

-IR
S-

1/
IR

S-
1)

D
M

SO

M
di

vi
-1

D
M

SO

M
di

vi
-1

D
M

SO

M
di

vi
-1

0

2

4

6

p-Akt (S473)

Fo
ld

 ch
an

ge
(p

-IR
S-

1/
IR

S-
1)

⁎

DMSO

0 0.1 1

Mdivi-1

0 0.1 1Insulin (�휇M):

p-IRS1(Y896)

IRS1

p-AKT(S473)

AKT

Actin

⁎

⁎
⁎

(e)

Figure 5: Continued.

9Oxidative Medicine and Cellular Longevity



the causal role of mitochondrial dynamics in IR by manip-
ulating the expressions of dynamic proteins in diabetes-
susceptible cybrid cells. Overexpression of fusion-related
proteins (Mnf1/Mnf2) and inhibition of fission-related
proteins (Drp1/Fis1) enhance mitochondria network and
reverse the IR by activating the IRS1-Akt pathway and induc-
ing the GLUT1/GLUT4 translocation to the cell membrane.
Pharmacological inhibition of DRP1 by mdivi-1 also reveals
improvement of IR, making it probable to be a new era of
diabetes treatment.

Mitochondrial dynamics undergo fission and fusion to
repair damaged components of the mitochondrial homeo-
stasis. This regulation via the fission process allows for seg-
regation of damaged mitochondria and the fusion process
allows the exchange of material between healthy mitochon-
dria [19, 20]. Previous reports in humans and animal
models that showed the trend of dynamic proteins toward
fission was related to IR/T2D. T2D patients and obese sub-
jects show a reduction in mitofusin 2 (Mfn2) expression in
skeletal muscle compared to controls [11], and exercise
increases insulin sensitivity in association with a decrease
in muscle dynamin-related protein 1 (Drp1) in obese and
insulin-resistant humans [21]. As to animal studies, a
reduction in the mitochondrial network in the skeletal mus-
cle of obese Zucker rats [6], leptin-deficient (ob/ob) mice,
and diet-induced obese C57BL/6 mice [9] has been reported.
The mitochondria in pancreatic islets from RIP2-Opa1KO
mice, which displayed hallmarks of diabetes, were shorter
and fragmented with decreased ATP production [8]. Liver-
specific ablation of Mfn2 in mice led to numerous metabolic
abnormalities, which was characterized by glucose intol-
erance and enhanced hepatic gluconeogenesis [4]. An
increase in Drp1-dependent mitochondrial fission in the
muscle was associated with IR in rodents, and inhibition of

mitochondrial fission improved the muscle insulin signaling
of obese mice [9]. More recently, in the dorsal vagal complex
of the high-fat feeding rat, Drp1-dependent mitochondrial
fission regulate insulin action and targeting the Drp1-
mitochondrial-dependent pathway in the brain may have
therapeutic potential in IR [22].

Alterations or mutations in mitochondrial fusion and
fission proteins have been identified to be associated with
the nutrient availability and energy demand. Mitochondrial
fragmentation is caused by nutrient excess, while mitochon-
drial elongation is induced by nutrient withdrawal in mouse
embryonic fibroblast [3, 23, 24]. Furthermore, mitochondria
fuse to form elongated mitochondria to maximize ATP pro-
duction during nutrient shortage, whereas mitochondria
tend to form fragmented mitochondrion to prevent overt
ATP synthesis during nutrient excess [25]. The molecular
events causing diabetes and its complications have been
focused on the oxidative stress and chronic inflammation in
affected tissue [26]. Recent studies have shown that mito-
chondria not only generate energy for the physiological
process but also emerge as a fundamental hub for innate anti-
viral immunity [27, 28]. Mitochondrial dynamics may be
proposed as a bridge between nutrient excess and chronic
inflammation in diabetes.

Before the current study, although the contribution of
mitochondrial fusion and fission in IR in human and
rodents is reported, it remains unclear whether changes in
mtDYN directly affect insulin action with the diabetes-
susceptible genotype background. Here, we further prove
that restoring mitochondrial network by either overexpres-
sion of fusion-related (Mnf1/Mnf2) proteins or inhibition of
fission-related proteins (Drp1/Fis1) in diabetes-susceptible
cybrids, impaired insulin signaling, and GLUT1/GLUT4
translocation to cell membrane can be repaired both in basal
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Figure 5: Insulin resistance of cybrid B4 was improved by mdivi-1, which suppresses mitochondrial fission and promotes fusion. 10 μM
mdivi-1 was used to inhibit mitochondrial fission. For probing cellular insulin resistance, cybrid B4 was starved of FBS for 16 h, then
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by transfecting cox4-DsRed (red fluorescence). An enlarged segment of each image was shown by a lower right square. (c-d) The
MicroP algorithm categorized mitochondrial morphology into six types: small globe (blue), large globe (yellow), simple tube (green),
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condition and in response to insulin stimulation. Further-
more, Mdivi-1, a chemical compound which attenuates
mitochondrial fission by selectively blocking GTPase activity
of Drp1 [29], reversed mitochondrial genotype-related
imbalance of dynamics and ameliorated the impairment of
insulin signal transduction in our diabetes-susceptible cybrid
cells. Our data support that mitochondrial dynamic pro-
teins per se play a causal role in IR, and the conclusion is
partially supported by the previous studies [9, 22], which
demonstrated that inhibition of Drp1-dependent mitochon-
drial fission pathway had therapeutic potential in IR in
animal studies.

Besides IR, an imbalance of mitochondrial networks in
neurons favoring mitochondrial fission plays a critical role
in the pathogenesis of diabetic neuropathy [30, 31]. Mito-
chondrial fission also occurs in the kidneys and heart after
acute ischemia/reperfusion injury in mice, and prevention
of this process is beneficial [32, 33]. Moreover, preserving
mitochondrial dynamics protected beta-cells from glucose

and palmitic acid-induced pancreatic beta-cell mitochondrial
fragmentation and apoptosis [23, 34]. Genetic or pharmaco-
logical activation of Akt protected the heart against acute
ischemia injury is proved by the effect of Akt-mediated
mitochondrial elongation [35]. Cardiac mitochondria have
been recognized to play an important role in diabetic cardio-
myopathy, heart failure, and pulmonary hypertension. The
potential of mitochondrial dynamics as therapeutic targets
in tackling cardiovascular disease has been reviewed [36].
Therefore, Mdivi-1 may provide the potential for therapeutic
use not only in IR but also in diabetes-related target organ
damage. However, there are still many challenges remained
to be addressed before it might be applied clinically. Its
potential side effects include arrhythmia and cytotoxic to
nontarget tissue [37].

Of note, a mutual interaction between mtROS and
mtDYN is demonstrated in our studies. In our previous
studies, cybrid harboring diabetes-susceptible mitochon-
drial haplogroup B4 showed fragmented mitochondrial
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Figure 6: Dynamic proteins modulate mitochondrial ROS in cybrid B4. (a) Cybrid B4 was transfected with plasmid for 24 h to overexpress
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morphology, increased ROS, IR, and mitochondrial dys-
function. All the defects can be improved by antioxidant
agent N-acetylcysteine (NAC) [16, 17] that is manipulat-
ing ROS, which can alter the dynamics of mitochondria.
In the current study, we further prove that manipulating
dynamics of mitochondria can alter mtROS. Therefore,
the causal role of mtDYN in regulating IR is probably
linked through mtROS.

In conclusion, mtDYN play a causal role in diabetes-
susceptible mitochondrial haplogroup-related IR. Direct
intervention to correct the imbalance of mtDYN, especially
reversing profission, provides a novel therapeutic strategy
for IR and T2D.
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Sarcopenia is the age-related loss of skeletal muscle mass, strength, and function. It is associated with regenerative difficulties by
satellite cells, adult muscle stem cells, and alteration of oxidative management, mainly the increase in superoxide anions (O2

•−).
We aimed to investigate the relation between regenerative deficit in elderly and increase in O2

•− production along with
mitochondrial alterations. Myoblasts and myotubes from skeletal muscle of young and elderly healthy subjects (27.8± 6 and
72.4± 6.5 years old) were measured: (1) superoxide dismutase activity and protein content, (2) mitochondrial O2

•− production
levels, (3) O2

•− production variability, and (4) mitochondrial bioenergetic profile. Compared to young myoblasts, elderly
myoblasts displayed decreased SOD2 protein expression, elevated mitochondrial O2

•− baseline levels, and decreased oxidative
phosphorylation and glycolysis. Additionally, elderly versus young myotubes showed elevated mitochondrial O2

•− levels when
stressed with N-acetyl cysteine or high glucose and higher glycolysis despite showing comparable oxidative phosphorylation
levels. Altogether, the elderly may have less metabolic plasticity due to the impaired mitochondrial function caused by O2

•−.
However, the increased energy demand related to the differentiation process appears to activate compensatory mechanisms for
the partial mitochondrial dysfunction.

1. Introduction

Sarcopenia is defined as the age-related loss of muscle mass,
strength, and function [1]. In particular, the aging process
is associated with a consistent decrease in the ability of mus-
cle tissue to regenerate following injury or overuse due to the
impairment of intervening satellite cells [2]. In response to
muscle damage, satellite cells, undifferentiated quiescent
mononucleated cells present in muscle [3], which have prop-
erties of stem cells, are activated to proliferate as human
primary myoblasts Proliferating myoblasts migrate to the
damaged region of the fiber, where they differentiate and fuse

to form myotubes via a similar process to that of myogenesis
[4]. However, this capacity is reduced in the elderly, where
satellite cells are unable to execute the complete repair pro-
cess or they exhibit a slow recovery [5–7]. Activation and
proliferation stages of satellite cells are characterized by the
expression of myogenic regulatory factors (MRFs), and the
phases of this process typically involve the sequential expres-
sion of proteins, including Pax3 (quiescent satellite cells),
myoD (proliferating primary myoblasts), and myogenin (dif-
ferentiated myoblasts). We previously demonstrated that the
impaired regenerative potential in elderly primary myoblasts
is related to dysregulation in myogenin and miR-1 and 133b
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gene expression together with an overproduction of reactive
oxygen species (ROS) [8]. Indeed, the mechanisms behind
the impaired myogenic differentiation process of elderly
people are multifactorial and they appear to involve an
imbalance between ROS production and antioxidant enzyme
activity. Thus, oxidative stress can be generated in the cells as
a result of one or more of three factors: (i) increase in oxidant
generation, (ii) decrease in antioxidant protection, and (iii)
failure to repair oxidative damage. ROS cause damage to
lipids, nucleic acids, and proteins [9]. Mitochondria are com-
monly considered as the source and target of ROS in many
cell models including skeletal muscle cells. Noteworthily, as
myoblast differentiation is accompanied by intensive mito-
chondrial biogenesis, the generation of intracellular ROS is
also increased during myogenesis [10], thus playing a funda-
mental role in aging. Aging is associated with a decline in
mitochondrial function and the accumulation of abnormal
mitochondria [11]. Indeed, several studies demonstrate that
a link exists between increased mitochondrial dysfunction
and increased ROS production in sarcopenic skeletal muscle
[12]. The electron transfer for complete reduction of oxygen
by mitochondrial complexes I and III–IV could be the main
source of ROS, and specifically O2

•− [13]. The major class
of enzymatic antioxidants is the superoxide dismutase
(SOD) family that catalyze the dismutation of O2

•− to hydro-
gen peroxide (H2O2) [14]. Subsequently, H2O2 is quickly
reduced to water by two other enzymes, catalase and glutathi-
one peroxidase. The isoforms of SOD are different in their
cellular location: SOD1 is located in cytosol and mitochon-
drial intermembrane space, SOD2 in mitochondrial matrix,
and SOD3 in extracellular space. Mitochondria are also the
“powerhouse” of the cells producing energy in the form of
adenosine triphosphate (ATP) [15, 16]. In eukaryotes, ATP
is mainly produced by two different processes: through the
breakdown of glucose or other sugars in the cytosol (anaero-
bic glycolysis) or by the metabolism of fatty acids, sugars
(aerobic glycolysis), and proteins in the mitochondria,
solely in the presence of oxygen (oxidative phosphorylation
(OXPHOS)). The glycolytic pathway converts glucose to
pyruvate in an oxygen-independent biochemical reaction
resulting in ATP production. One fate of the pyruvate is
reduction to lactate in the cytosol with net proton produc-
tion, acidifying the medium. Protons are pumped out of the
cell by various mechanisms to maintain the intracellular
pH [17], and the efflux of the protons into the extracellular
space or medium surrounding the cells causes extracellular
acidification [18, 19]. The major nutrient substrates glucose,
glutamine, and fatty acids can be completely oxidized into
CO2 and H2O via the mitochondrial tricarboxylic acid cycle
(TCA) and associated OXPHOS. OXPHOS takes places
through the respiratory chain, namely, complexes I–V, that
transfers electrons obtained from TCA NADH or FADH2
across the mitochondrial inner membrane and the terminal
electron acceptor, oxygen (O2). More in detail, the electron
transport chain passes a high energy electron at the inner
mitochondrial membrane pumping hydrogen out of the
matrix space, creating a proton motive force (Δp) across
the inner membrane with both electrical (ΔΨm) and chemi-
cal (ΔpH) components [20]. The gradient created drives

hydrogen back through the membrane, through ATP syn-
thase that couples it to ATP production by OXPHOS. The
CO2 produced can be converted to bicarbonate and protons
as catalyzed by carbonic anhydrase [17], another source of
protons causing medium acidification. The OXPHOS is a
process through which ADP is phosphorylated in ATP by
the energy derived from the oxidation of nutrients in aerobic
condition. It takes places through the respiratory chain,
named complexes I–V conducting electron transfer across
the mitochondrial inner membrane.

Although the major part of oxygen is used for ATP syn-
thesis (coupled respiration), the mitochondrial membrane
is leaky and protons may leak back through the membrane,
increasing oxygen consumption (uncoupled respiration).
There are three leak events: complex I leaks O2

•− towards
the mitochondrial matrix, while complex III leaks O2

•−

towards both the intermembrane space and the mitochon-
drial matrix [21, 22].

We hypothesized that the deficit in regeneration in
elderly could be related to the increased O2

•− production
and mitochondrial alterations. To verify this, primary myo-
blasts were isolated from human skeletal muscle of young
and aged healthy subjects and measured as undifferentiated
and differentiated cells: (1) SOD activity and protein content,
(2) mitochondrial O2

•− production, (3) variability in O2
•−

production, and (4) mitochondrial bioenergetics profile.
The data from this study suggest that in elderly primary
myoblasts, the metabolic machinery may not work properly.
The analysis of the bioenergetic profile in elderly myoblasts
seems to suggest a defect in mitochondrial function and
a different metabolic plasticity with respect to young ones.
Although elderly and young myotubes showed a similar
oxidative metabolism, surprisingly in elderly myotubes, we
found an increased level of mitochondrial superoxide anion
relying more on the glycolysis processes. Taken together,
these findings would suggest a glycolytic compensation in
response to mitochondrial oxidative damage.

2. Materials and Methods

2.1. Muscle Samples. Biopsies from vastus lateralis muscles
were obtained from 13 male healthy untrained subjects who
voluntarily participated in the study. Based on age, the sub-
jects were divided into two experimental groups:

(1) Young subjects, 27.8± 6 years old (n = 8)
(2) Elderly subjects, 72.4± 6.5 years old (n = 5)

Biopsies were performed following the procedure
described in Pietrangelo et al. [23] and treated to collect sat-
ellite cell populations as previously described in Fulle et al.
[9]. All of the subjects provided written, informed consent
before participating in the study. The study was conducted
according to the Helsinki Declaration (as amended in 2000),
and it was approved by Ethic Committee of “G. d’Annunzio”
University of Chieti-Pescara, Italy (PROT 1233/06, 1634/08,
1884/09 COET). The inclusion criteria were normal ECG
and blood pressure and absence of metabolic, cardiovascu-
lar, chronic bone/joint, and muscular diseases. Exclusion
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criteria were the presence of metabolic and/or cardiovascular
diseases, evidence of hereditary or acquired muscular disease,
or diagnosis of respiratory or psychiatric disorders. No sub-
ject was under treatment with testosterone or other pharma-
cological interventions or training protocols known to
influence skeletal muscle. All subjects were Caucasian and
nonsmokers. They presented BMI (body mass index) and %
FM (fat mass) values that were not statistically different
(BMI: 24.2± 1.5 and 27.6± 1.7, young and elderly, resp.; %
FM 23.0± 2.1 and 26.3± 2.1 young and elderly, resp.).

2.2. Satellite Cell Populations. The satellite cells were
obtained, expanded as myoblasts in growth medium, and dif-
ferentiated as previously described [9, 24]. Briefly, the per-
centages of myogenicity of the cell cultures were obtained
using an immunocytochemistry assay, with the marker des-
min and with biotinylated streptavidin-AP kits (Dako
REAL™ Detection System Peroxidase/DAB+, Rabbit/Mouse;
cat. number K5001; DAKO, DakoCytomation, Glostrup)
[25]. Desmin is a cytoskeleton intermediate filament protein
expressed early in myogenic populations [26, 27]. Differenti-
ation of the cell populations was determined by counting the
number of nuclei in the myotubes after 7 days of differentia-
tion, as percentages with respect to the total number of
nuclei, with the ratio between these two values (nuclei inmy
otubes/total nuclei × 100%) giving the fusion index. We only
considered myotubes that were positive to the primary anti-
body against myosin heavy chain (MHC), using the MF20
anti-MHC monoclonal antibody (diluted 1 : 50; Develop-
mental Studies Hybridoma Bank, University of Iowa, Iowa
City, IA, USA), and that contained three or more nuclei [6].

2.3. Fluorescence-Activated Cell Sorting.Myogenic precursors
expressing both CD56 and 5.1H11 were isolated by
fluorescence-activated cell sorting (FACS) at FACSAria III
(BD) as described in di Filippo et al. [8]. The primary anti-
bodies used for this technique are specific for human myo-
blasts that targeted a cell surface protein, as CD56 and
5.1H11. These human CD56+/5.1H11+ cells were replaced
in petri dishes and cultured in growth or differentiation
medium for further analysis.

2.4. Ca2+ Imaging and Videomicroscopy Experiments. Video-
microscopy experiments are performed on cells plated on the
bottom of special 96-well plates at a confluence of 10,000
cells/cm2. The loading procedure is previously described by
di Filippo et al. [28]. After registration of baseline, 40mM
KCl was added to the cells and the registration was continued
[29]. The living cells, loaded with Fura-2, were sequentially
excited at 340 or 380nm with a high-speed wavelength
switcher Polychrome II (Till Photonics, Germany). Fluores-
cence images were collected using a 40x oil objective lens,
acquired using an intensified CCD camera (Hamamatsu
Photonics, Hamamatsu, Japan), stored on a PC, and analyzed
off-line. The acquisition time for each fluorescence emission
was 0.5 s. It has been taken into consideration the ratio fluo-
rescence (340/380 nm) signal in a selected representative cel-
lular area after the subtraction of background fluorescence.

2.5. Protein Isolation and Quantitation. Antioxidant
enzyme assays and Western blotting were performed using
myoblasts and myotubes lysed in RIPA buffer (number
R0278, Sigma-Aldrich), supplemented with 1 : 100 protease
and phosphatase inhibitor cocktail (number P8340, Sigma-
Aldrich), incubated 1 hour at 4°C, and centrifuged at
10000 rpm for 10 minutes at 4°C. Cytosol protein concentra-
tions were measured on the resulting supernatant according
to Bradford’s method (Bradford Reagent, number B6916,
Sigma-Aldrich).

2.6. Superoxide Enzyme Activities. Superoxide dismutase
(SOD) activity was determined using the modified method
of L'Abbé and Fischer [30, 31]. The final assay volume
(1ml) contained 20mMNa2CO3, pH10, 10mM cytochrome
c (number C7752, Sigma Aldrich), and 1mM xanthine
(number X0626, Sigma-Aldrich) and xanthine oxidase
(number X4500, Sigma-Aldrich). As the xanthine oxidase
activity varies, the amount used for the assay was sufficient
to stimulate cytochrome c reduction at 550nm at a rate of
0.025 per minute without SOD addition. SOD units were cal-
culated on the basis of the definition that one unit represents
the activity that inhibits cytochrome c reduction by 50%.

2.7. Western Blotting. Western blotting (WB) analysis was
performed on 40μg lysates from young and old myo-
blasts and myotubes, using SOD1 (71G8) mouse mAb
(number 4266, Cell Signalling Technology, Danvers, MA,
USA) at 1 : 1000, SOD2 (D9V9C) rabbit mAb (number
13194, Cell Signalling Technology) at 1 : 1000, and β-actin
(8H10D10) mouse mAb (number 3700, Cell Signalling
Technology) at 1 : 1000, as primary antibody, and secondary
HRP-conjugated antibodies (Cell Signalling Technology)
at 1 : 5000. Bands were detected and pictured at Bio-Rad
GelDoc by LiteAblot PLUS enhanced chemiluminiscent sub-
strate (EuroClone); densitometry analyses were performed
with ImageJ software.

2.8. Measurements of Mitochondrial Superoxide Anion
Production. Superoxide production was measured using
the indicator MitoSOX Red (number M36008, Thermo
Fisher Scientific, USA) according to the manufacturer’s
instructions. Satellite cells were cultured as both myoblasts
and myotubes. Before experiments, some of the cultures
receive a treatment with 200μM N-acetyl cysteine (NAC)
for 24 hours or with NES containing 10mM glucose plus
5mM sodium pyruvate (BURST) solution, as acute stimu-
lus and for 15 minutes and 2 hours. The cells were loaded
with 5μM MitoSOX and incubated for 10min at 37°C in
culture media and washed twice with normal external solu-
tion (NES, containing in mM: 140 NaCl, 2.8 KCl, 2 CaCl2,
2 MgCl2, 10 glucose, 10 N-2-hydroxyethylpiperazine-N′-2-
ethanesulfonic acid- (HEPES-) NaOH, pH7.3). During
measurements, samples that received NAC or BURST
pretreatment were in NES plus 200μMNAC or BURST solu-
tion. Images were acquired at 512× 512 pixels using a LSM
510 META system (Zeiss, Jena, Germany) equipped with
an Axiovert 200 inverted microscope and a Plan Neofluar
oil immersion objective (40x/1.3 NA), and they were
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pseudocolored in green. In a typical time-series recording, 14
frames were collected at frame rate of 0.1Hz. MitoSOX fluo-
rescence was acquired by exciting at 543 nm and collecting
the emission using an LP filter set to 560nm. Image analysis
was performed by LSM 3.0 software (Zeiss). For each sample,
fluorescence images were acquired from five randomly
selected fields and off-line analysis of intensity was per-
formed in ROI-representing cell areas, while in time lapse
experiment ROIs were selected inside obvious mitochondrial
areas. All experiments were performed at room temperature
(22–26°C).

2.9. Seahorse XF Cell Mito Stress Test. The XF Cell Mito Stress
Test was used to measure the oxygen consumption rate
(OCR) of myoblasts and myotubes using the Seahorse XFp
Extracellular Flux Analyzer (number 102745-100, Seahorse
Bioscience, Santa Clara, California). This technique uses spe-
cific mitochondrial inhibitors which enable the determina-
tion of six parameters for describing the key aspects of
mitochondrial function: basal OCR, ATP-linked OCR, spare
respiratory capacity (SRC), maximal respiratory capacity,
proton leak, and nonmitochondrial respiration. Extracellular
flux technology enables rapid, real-time detection of meta-
bolic changes in cellular respiration and glycolysis rate. Cells
were seeded in an XFp 8-well cell culture miniplate (Seahorse
Bioscience) in three replicates at 25× 104/well density in
100μl of growth medium and incubated for 24 hours at
37°C, 5% CO2. Before the performance of the Cell Mito Stress
Test, some of the cultures received a 200μMNAC treatment
for 24 h. Briefly, myoblasts and myotubes were incubated for
45min at 37°C in ambient CO2 in free-buffered DMEM
(number 102353-100, Seahorse Bioscience, Santa Clara,
California) (pH = 7 4) containing 1.0mM sodium pyruvate
(number S8636, Sigma-Aldrich), 10mM glucose, and 2mM
glutamine (number G8540, Sigma-Aldrich). Baseline oxygen
consumption (basal OCR) rate and parameters calculated
after the addition of each drug were measured 3 times
for 3min each separated by a 3min mix (18min total).
Following the baseline, 1.6μM oligomycin (number O4876,
Sigma-Aldrich), the ATP synthase inhibitor, was injected
into each well, followed by 3 cycles of 3min mix and 3min
measurement. Then, 0.5μM of carbonyl cyanide-4-(trifluor-
omethoxy)phenylhydrazone (FCCP, number C2920, Sigma-
Aldrich) was injected to uncouple the mitochondrial inner
membrane and measure maximal respiration (maximal
OCR=maximum electron flux through the electron transfer
chain). Lastly, 1μM antimycin A (number A8674, Sigma-
Aldrich) is injected to inhibit electron flux through complex
III and so measurement of nonmitochondrial O2 consump-
tion. At the end of each experiment, the cells were lysed to
determinate the total protein content (BCA assay). The

mitochondrial OCR is referred to μg of total cellular proteins
and reported as pmol·min−1·μg −1.

2.10. Seahorse XF Glycolysis Stress Test. In order to quantify
changes in the glycolytic function, the glycolysis stress test
was performed. It measures the extracellular acidification
rate (ECAR, defined as the rate of change in proton excretion
from the cell), which reflects the rate of glycolysis. It was car-
ried out under similar conditions as the mitochondrial stress
test with some differences. The assay media contained no
glucose or pyruvate but supplemented with 2mM glutamine.
After the measurement of the basal ECAR, the cells enter into
glycolysis with the injection of 10mM glucose. Then, 1μM
oligomycin was injected to inhibit OXPHOS and further shift
the energy production to glycolysis; the consequent increase
in ECAR would reveal the cellular maximum glycolytic
capacity. Finally, 50mM 2-deoxy-glucose (2-DG, number
D6134, Sigma-Aldrich) was added; such compound is a glu-
cose analogue that inhibits glycolysis through competitive
binding to glucose hexokinase. The resulting decrease in
ECAR confirms that the ECAR produced in the experiment
is due to glycolysis. The ECAR is referred to μg of total cellu-
lar proteins and reported as mpH·min−1·μg−1.

2.11. Statistical Analysis. The Seahorse XF instrument was
controlled by Seahorse software for the generation of data
files. For data processing, Seahorse Wave software (version
2.3.0) was used. The analysis of OCR and ECAR data was
carried out also using the XF Stress Test Report Generator
(version 3.0.6). Figure and statistical analyses were generated
with the help of GraphPad Prism version 5.0 (GraphPad
Software, La Jolla, USA). Results are presented as means ±
standard errors (SEM) or as representative traces. The sta-
tistical analysis was carried out using the t test (∗p ≤ 0 05,
∗∗p ≤ 0 005, and ∗∗∗p ≤ 0 0005). Analysis of mitochondrial
fragmentation has been performed using Bonferroni’s mul-
tiple comparison test. The significance has been codified as
∗p ≤ 0 05 and ∗∗p ≤ 0 005.

3. Results

3.1. Characterization and Functionality of Human Myoblast
and Myotubes. Human myoblasts from muscle biopsies
were isolated, expanded in culture, and characterized by
myogenic purity, calculated as the number of cells express-
ing desmin (% of desmin/ve+ cells); ability to fuse, calcu-
lated as fusion index (% FI), % of unfused desmin/ve+

cells; and population doubling level at day 25 of culture.
In Table 1 are summarized the results of myogenic purity
and FI percentage for young and elderly cell cultures.
Interestingly, even if the number of myogenic cells
(desmin/ve+ cell %) does not significantly change with

Table 1: Myogenicity, fusion index, unfused desmin/ve+ percentage, and proliferation rate (PDL).

Samples Desmin/ve+ cell % CD56+/5.1H11+ cell % Fusion index % Unfused desmin/ve+ cell % PDL at 25 days of culture

Young 67.5± 4.6 70.1± 5.6 48.2± 4.7 32.6± 6.1 13.2± 1.2
Elderly 70.3± 8.7 68.4± 4.3 24.3± 6.3∗ 66.8± 13.6∗ 9.0± 0.4∗
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the donor’s age, the fusion index was significantly lower in
primary human elderly myoblasts differentiated for 7 days
(resp., 48.2% in young versus 24.3% in elderly). Moreover,
as we previously reported [6, 8, 9, 29, 32], we observed a
defected regeneration process since from elderly samples
myotubes were smaller in number and thinner, containing
only few myonuclei (data not shown). Furthermore, the per-
centage of unfused desmin/ve+ cells calculated after 7 days of
differentiation increased with age (from 32.6% in young ver-
sus 66.8% in elderly), while the myoblasts’ proliferative rate
(PDL) at 25 days of culture was significantly decreased.

Moreover, for our experiments, we have used myogenic
precursors sorted for two specific surface markers: CD56
and 5.1H11. CD56 is a surface marker expressed by human
satellite cells either in situ or upon dissociation [33].
5.1H11 is a specific human myoblast and myotube marker
[34]. As it can be seen, in young and old samples, the percent-
age of desmin/ve+ cells (67.5± 4.6 and 70.3± 8.7, resp.) and
CD56/ve+/5.1H11/ve+ cells 70.1± 5.6 and 68.4± 4.3, resp.)
was not significantly different, confirming a good myo-
genicity of our cultures and the validity of the choice of
characterization markers.

The table summarizes the characterization parameters
obtained from young and elderly samples. The percentage of
myogenic cells (desmin/ve+ cell %) is shown for young and
elderly cultures and analyzed by the expression of desmin.
To validate whether the expression of desmin was enough
and sufficient as myogenic purity index, we further sorted by
FACS the primarymyoblast for two surfacemyogenic markers
(CD56 and 5.1H11). The fusion index was determined by
counting the number of nuclei in differentiated myotubes
(positive for MyHC) after 7 days of culture in differentiation
medium and reported as a percentage of the total number of
nuclei; further, the unfused desmin-positive cells were counted
after 7 days of differentiation. Population doubling level calcu-
lation at day 25 of culture was used to assess cell proliferative
capability. Immunostaining and FI data were derived from at
least 1000 cells counted in at least 10 different randomly cho-
sen optical fields of each culture. All data (n = 8 young; n = 5
old) are presented as mean ± SEM, ∗p < 0 05.

To verify the functionality of the primary myoblast and
myotubes used in our experiments, we evaluated the capabil-
ity to respond at depolarization due to the addition of KCl
by generating characteristic Ca2+ transients. Here, we
assessed the KCl-induced Ca2+ elevation in Fura-2-loaded
young and elderly myoblasts and myotubes using single cells
(n = 51 young and n = 31 elderly myoblasts; n = 26 young
and n = 47 elderly myotubes after 6 days of differentiation;
and n = 13 young and n = 10 elderly myotubes after 9 days
of differentiation). In Figure 1 are reported representative
traces of cytosolic Ca2+ transients in undifferentiated cells
and 6- and 9-day-old differentiated cells. KCl 40mM caused
a transient rise in cytosolic Ca2+ levels in myotubes but not
in myoblasts as expected (Figure 1(a)). Moreover, 6 days of
differentiation were not enough for elderly myotubes to be
fully functional since no cytosolic Ca2+ rise was observed
after KCl addition (Figure 1(b)). Finally, this Ca2+ rise was
less prominent in elderly myotubes after 9 days of differenti-
ation (Figure 1(c)) with an uncompleted response and delay
to return to baseline, conversely in young myotubes.

3.2. SOD Antioxidant Enzymatic Activity. We measured the
activity of the cytosolic isoform of the antioxidant enzyme
SOD1 in cell lysates obtained from myoblast and myotubes
both from young and elderly donors. No difference was
found comparing young versus old myoblasts or young ver-
sus old myotubes. A significant increase in SOD1 activity
was observed comparing myoblasts versus myotubes on both
young and elderly conditions (∗p ≤ 0 05).

3.3. Protein Expression of SOD1 and SOD2. We distin-
guished the two different forms of intracellular SOD,
SOD1 and SOD2, cytosolic and mitochondrial protein,
respectively. The protein expression was determined on
young and elderly samples as both myoblasts and myotubes
using Western blot (Figure 2). We observed a statistically
significant decrease of SOD2 in elderly myoblasts with
respect to young ones (Figure 2(b)). Representative SOD1
and SOD2 bands obtained by myoblasts and myotubes are
shown in Figures 2(e) and 2(f), respectively.
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Figure 1: Ca2+ imaging and videomicroscopy experiments. Examples of Ca2+ transient following depolarization from KCl 40mM on
myoblasts (a) and 6 (b) and 9 (c) in vitro differentiated myotubes obtained from young (solid line) and elderly (dotted line) donors. The
figure shows the 340/380 ratio as a function of time (see Methods).
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3.4. Mitochondrial Superoxide Anion Quantification with
MitoSOX Red. We investigated the production of O2

•−

by the mitochondria in living cells using the MitoSOX Red
Indicator. We first determined the mean fluorescence
intensity (MFI) of the images at basal condition in untreated
control condition at time zero of the time series recordings
(Figure 3), and we found that in elderly myoblasts the
fluorescence was significantly higher compared to the other
samples (∗, p ≤ 0 05).

In addition, myoblasts (Figure 4(a)) or myotubes
(Figure 4(b)) of young and elderly subjects were compared
for O2

•− production when treated for 24 hours with 200μM
of the general antioxidant NAC or for 2 hours with high glu-
cose and sodium pyruvate solution to BURST the increase in
mitochondrial superoxide.

Elderly myoblasts in the control condition showed a sta-
tistically significant decrease in the MFI compared to young

samples (Figure 4(a); young n = 357, elderly n = 111, ∗∗∗p ≤
0 0005). The pretreatment with 200μM NAC (young n =
199, elderly n = 111) and BURST (young n = 121, elderly
n = 129) statistically increased the O2

•− production in the
elderly with respect to the young ones (∗p ≤ 0 05 in NAC
condition and ∗∗∗p ≤ 0 0005 in BURST condition). In myo-
tubes (Figure 4(b)), there was a statistically significant
increase in mean intensity fluorescence in the elderly with
respect to the young samples for all experimental conditions
(young CTRL n = 229, elderly CTRL n = 143, ∗∗p ≤ 0 005;
young NAC n = 187, elderly NAC n = 113, ∗∗∗p ≤ 0 0005;
and young BURST n = 137, elderly BURST n = 154, ∗∗∗p ≤
0 0005). The MFI of myoblasts (panel c) and myotubes
(panel d) are compared to the control and NAC sample
conditions. Young myoblasts and myotubes in NAC condi-
tion showed a statistically significant decrease in MFI com-
pared to the control condition (∗∗∗p ≤ 0 0005). The NAC
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Figure 2: SOD1 and SOD2 protein expression. Western blotting analysis of superoxide enzymes cytosolic type 1 and mitochondrial type 2
was performed on young and elderly myoblasts and myotubes. β-Actin content was used for normalization. Panels (a), (b), (c), and (d) show
SOD1 and SOD2 densitometric analysis of Western blots performed on three young and three old samples expressed as mean ± SEM.
Representative patterns of SOD1, SOD2, and β-actin (as loading control) expression in young and elderly myoblasts and myotubes are
shown in panels (e) and (f). The bands were taken from two nonadjacent lanes originating from exactly the same gel and blot with exactly
the same exposure time, but spliced together indicated with double-dotted lines. Moreover, we performed no change in contrast (∗p ≤ 0 05).
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exposure of elderly myotubes resulted in a statistically sig-
nificant increase in MFI compared to the control condition
(∗∗p ≤ 0 005).

3.5. Superoxide Anion Coefficient of Variation. While per-
forming our MitoSOX analysis, we also acquired short
videos recording 14 frames every 3.5 seconds (about 50 sec-
onds) of the MitoSOX signal. We graphed the MFI of young
and elderly primary myoblasts versus time (Figure 5) observ-
ing that trace’s profile differed significantly among samples.
To quantify this observation, we used the coefficient of
variation (CV), as it is a measure of dispersion of a frequency
distribution. This analysis on myoblast-nontreated samples
showed that in the elderly, the O2

•− CV was statistically sig-
nificantly increased versus young (panel b, ∗p ≤ 0 05). On
the contrary, elderly myotubes showed a statistically signifi-
cant reduction of this parameter with respect to the young
(panel d, ∗p ≤ 0 05).

3.6. Mitochondrial Bioenergetics. Young and elderly samples
(either myoblasts or myotubes) were assayed in untreated
control condition and 24 hours after NAC treatment
(Figures 6–9). In the control condition (Figure 6), the OCR
parameters showed a decreasing trend in elderly versus
young. However, only the nonmitochondrial respiration
was significantly lower in the elderly (∗∗∗p ≤ 0 0005). Con-
cerning the ECAR profile, the glycolysis parameter is a mea-
sure of extracellular acidification reached by the cells
following the addition of saturating amounts of glucose. We
found that glycolysis was significantly lower in the elderly
compared to the young (∗p ≤ 0 05).

Following NAC exposure (Figure 7), the differences
between elderly and young became statistically significant

in most of OCR parameters, such as the basal respiration,
the spare respiratory capacity, and the maximal respiratory
capacity (∗p ≤ 0 05), suggesting that NAC is more effective
in scavenging ROS in the young than in the elderly. The
glycolysis parameter, obtained by the ECAR profile, was
found significantly decreased in elderly myoblasts compared
to young ones (∗∗p ≤ 0 005).

Other glycolytic parameters (glycolytic capacity, glyco-
lytic reserve, and nonglycolytic acidification, not shown)
were not statistically different comparing young versus
elderly myoblasts.

After 7 days of differentiation (Figure 8), we did not
observe statistically significant differences in OCR param-
eters in our control condition samples. Surprisingly, the gly-
colysis was statistically significant higher in elderly myotubes
compared to young ones (∗p ≤ 0 05).

After NAC treatment (Figure 9), the spare respiratory
capacity and nonmitochondrial respiration were significantly
decreased (∗p ≤ 0 05 and ∗∗∗p ≤ 0 0005, resp.) in elderly ver-
sus young ones, suggesting that the scavenging activity of the
antioxidant may be more considerable on the young than on
the elderly. After NAC exposure, glycolysis value did not
change comparing young and elderly myotubes.

Similarly to the values obtained for myoblasts, also
in myotubes other glycolytic parameters (glycolytic capacity,
glycolytic reserve, and nonglycolytic acidification, not
shown) were not statistically different comparing young
versus elderly.

4. Discussion

Aging is known to be characterized by an increase in oxida-
tive stress related to an imbalance between ROS production,
in particular O2

•−, and scavenger activity of antioxidant
enzymes [35, 36]. This altered oxidative management is also
reflected in the regenerative capacity of the skeletal muscle of
the elderly, which shows an impairment in the primary
myoblast-differentiating process responsible for regeneration
[9, 29]. The characterization of our primary myoblast popu-
lations shows in the elderly a less regenerative capability with
respect to the young ones, demonstrated by a slower prolifer-
ative rate and difficulty in differentiation (reduced % of FI
and increased % of unfused desmin/ve+ cells). The difficulty
in functional differentiation, which we already previously
demonstrated [29, 37], is confirmed by the response at depo-
larization stimuli (40mMKCl) of the elderly myotubes that it
is not yet complete and delays to return to baseline (Figure 1).

The O2
•− radical, which we had already shown to be

higher in the elderly’s whole myoblasts [8], could therefore
represent, if not adequately contrasted, a potential harmful
agent. On the other hand, a transient increase in O2

•−, readily
reduced by scavenger enzymes, seems to be positively corre-
lated with a sustained metabolism, as occurs during the nor-
mal mitotic process or during the early phase of regeneration
[38], whereas a subsequent switch-off may accelerate the
muscle differentiation [39]. On the contrary, its prolonged
presence, due to poor or insufficient antioxidant activity,
can cause damage and impair the differentiation process.
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Figure 3: Mitochondrial superoxide anion quantification through
MitoSOX Red as basal level. Mitochondrial superoxide anion
production was assessed using a MitoSOX Red fluorescent probe.
The baseline fluorescence level emitted by MitoSOX when it is
oxidized by O2

•− was measured at the beginning of the time series
recordings performed on 3 randomly selected spot on the cells’
area. Data are mean f luorescence ± SEM of three independent
experiments on elderly samples and of five experiments on young
ones (∗p ≤ 0 05).
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In this study, we analyzed the activity of SOD1, noting
that the differentiation process per se increases SOD1 activity
independently of the donor age (Figure 10). On the other
hand, we have highlighted a higher basal level of O2

•− in
the mitochondria of elderly myoblasts (Figure 3) that corre-
lates with a low expression of SOD2. These data lead us to
hypothesize that the highest O2

•− levels observed in the
whole myoblasts may be due to a mitochondrial production
not sufficiently contrasted by SOD2 (Figures 2(a) versus
2(b)), thus preventing its switch-off useful for differentiation.
Consistent with this, other studies show that a complete
differentiation process occurs only in young samples, while
it is impaired in elderly ones [8, 9]. The unexpected high
mitochondrial O2

•− level found in young myoblasts could
be explained considering that they are characterized by an
increased rate of proliferation [32] together with a higher
oxygen consumption rate with respect to elderly ones
[40], as we demonstrated in the present study through bio-
energetics analysis (Figure 6). Conversely, the lower O2

•−

levels found in young myotubes compared to myoblasts

could be justified by the increase in SOD activity and the
lack of proliferation rate effect as we are considering the
differentiation phenotype.

As antioxidant and oxidant agents can affect the O2
•−

production and thus activate its scavenging by SOD enzyme,
we stimulated our myoblasts and myotubes with NAC and
BURST solution, respectively.

Elderly myoblasts and myotubes (Figures 4(c) and 4(d))
did not show lower O2

•− levels after the NAC treatment,
while young myoblasts and myotubes properly responded
to NAC exposure by significantly reducing the production
of O2

•− (∗∗∗p ≤ 0 0005). These results suggest that first, an
increase in O2

•− production might be not associated with a
proportional increase in SOD, and second, solely in samples
from young donors might NAC be able to promote cell
fitness and viability, since elderly cells even showed signifi-
cantly higher O2

•− levels in the presence of NAC compared
to the control condition (∗∗p ≤ 0 005).

In aged muscles [35] as well as in primary myoblasts
[9, 29], the impairment of the antioxidant machinery was
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Figure 4: Mitochondrial superoxide anion quantification through MitoSOX Red during time series recordings. Mitochondrial superoxide
anion production was assessed using a MitoSOX Red fluorescent probe. Mean fluorescence intensity (MFI) quantitation of confocal
images of whole myoblasts (panels a and c) and myotubes (panels b and d) and primary myoblasts as control (CTRL), treated with
200 μM NAC for 24 hours and BURST for 2 hours, were represented. Data are mean ± SEM of three independent experiments on elderly
samples and of five experiments on young ones. ∗p ≤ 0 05, ∗∗p ≤ 0 005, and ∗∗∗p ≤ 0 0005.
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already demonstrated. Therefore, when elderly primary myo-
blasts are treated with a high glucose solution (BURST) that
enhances their cellular metabolism, they will uncontrollably
reach the highest levels of O2

•− production Consistently,
treatment with an antioxidant agent like NAC, which acts
as glutathione precursor [41, 42], might not significantly
affect elderly primary myoblasts due to the impaired activity
of glutathione-dependent enzymes and the accumulation of
hydrogen peroxide [9]. Furthermore, short videos acquired
during MitoSOX experiments allowed us to investigate the
variation of the response in O2

•− production expressed as
coefficient of variation (CV) in young and elderly samples
under control conditions. The CV was found higher in
elderly myoblasts with respect to young myoblasts, while
an opposite result was observed in myotubes. We can argue
that the increased variability in O2

•− production in elderly
myoblasts could be due to a large dispersion in the fre-
quency distribution of O2

•−
flickering or, in other words,

we can imagine that the elderly mitochondria produce O2
•−

in a slow and continuous regimen with respect to young

mitochondria. In elderly myotubes, the O2
•−

flickering has
a narrow frequency distribution, significantly reduced with
respect to the young ones, probably because those rely more
on glycolysis than mitochondrial OXPHOS.

ROS not only have a detrimental effect on biological
molecules, such as DNA, proteins, and lipids [36], due to
their accumulation but also affect myogenic regeneration
at several stages. Specifically, ROS enhanced NF-κB tran-
scription factor-activating IκB kinase (IKK) that phosphor-
ylates the IκB inhibitor in turn upregulating NF-κB [39].
In the skeletal muscle, the role of this transcription factor
is related to the activation of protein degradation pathways
[43]. Consequently, we can argue that a high level of O2

•−

found in our elderly myotubes with respect to young ones
(∗∗p ≤ 0 005) could result in the activation of NF-κB that
in turn could boost cell catabolism. Consistent with this,
we and other groups previously demonstrated that elderly
samples’ upregulation of FOXO1A, myostatin genes, and
NF-κB protein expression, together with downregulation
of AKT1/PIK3CA/MTOR genes and phospho-Akt protein
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Figure 5: Superoxide anion coefficient of variation. The superoxide anion coefficient of variation was calculated on a short video acquired
during the MitoSOX experiment. Traces of the fluorescence registered in 50 seconds of young (panel a) and elderly (panel c) myoblasts
and myotubes were represented. The quantification, expressed as percentage of coefficient of variation, was shown in myoblasts (panel b)
and in myotubes (panel d). In myoblasts, the O2

•− coefficient of variation expressed as percentage increased in elderly samples comparing
young ones (∗p ≤ 0 05) while in myotubes a significant reduction of this parameter was shown in elderly versus young (∗p ≤ 0 05).
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expression, could lead to the activation of the atrophic/cata-
bolic pathway at the expense of the anabolic ones and finally
inhibit muscle differentiation [8, 9, 32]. Overall, our data,
along with the results of previous studies, suggest that the
failure to differentiate in vitro and to regenerate muscle
in vivo [9, 10] could be associated with the oxidative dam-
age accumulation, impaired antioxidant activity, and insuf-
ficient repair capability observed in the elderly. As all the
above-mentioned events take place in mitochondria, a brief
video of MitoSOX experiments performed on primary
myoblasts from young or elderly donors was inserted in

the manuscript (link to movies here as supplementary
material; young and elderly myoblasts) to show their rela-
tive mitochondrial dynamic.

Furthermore, to deeply investigate mitochondria’s func-
tions, we also analyzed mitochondrial bioenergetics in our
samples via the Seahorse Flux analyzer. This instrument
monitors OXPHOS by measuring in real time OCR and gly-
colysis by measuring in real time ECAR. Revising literature
on aged muscle bioenergetics, many studies demonstrated a
significant decrease in the activity of several respiratory chain
complexes and a substantial increase in ROS production,
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Figure 6: Bioenergetic profiles and parameters in young and elderly myoblasts in the control condition. Mitochondrial respiration (panels a
and b) and glycolytic function (panels c and d) of young and elderly myoblasts are represented. OCR parameters were calculated using the
data generated in respiratory flux traces (panel a). OCR trace shows basal OCR condition and OCR recordings after 3 sequential additions
of, respectively, ATP synthase inhibitor oligomycin, ECT uncoupler FCCP, and complex III inhibitor antimycin A. ECAR trace shows
basal ECAR condition and ECAR recordings after 3 sequential additions of, respectively, glucose, oligomycin, and 2-DG. For each sample
(N = 3 young and N = 3 elderly), cells were seeded on an XFp 6-well cell culture miniplate in three replicates at 25× 104/well density.
Results are expressed as mean ± SEM of three independent experiments each performed in triplicate. The OCR and the glycolysis values
were normalized to cellular protein content. ∗p ≤ 0 05 and ∗∗∗p ≤ 0 0005.
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thus confirming the mitochondrial theory of aging [44, 45].
Measurements of mitochondrial respiration are strong indi-
cators of the functional bioenergetic capacity of mitochon-
dria and of overall cellular health. The Seahorse Mito Stress
Test uses modulators of cellular respiration that specifically
target components of the electron transport chain to reveal
key parameters of metabolic function. The first compound
injected is oligomycin that inhibits ATP synthase. The sec-
ond compound is FCCP, an uncoupling agent that permeabi-
lizes the inner mitochondrial membrane to protons, forces
the mitochondria to increase the flow of electrons (and thus

oxygen consumption) to maintain the membrane potential.
As a result, electron flow through the ETC is constant and
oxygen is maximally consumed by complex IV. The last drug
injected is antimycin A, a complex III inhibitor that shuts
down the mitochondrial respiration. Parameters from the
cellular mitochondrial function assay give insights into dif-
ferent aspects of mitochondrial functions.

In myoblasts, we observed a decreasing trend for
many OCR parameters when elderly and young samples
were compared, especially considering the nonmitochon-
drial respiration (Figures 6(a) and 6(b)). Notably, the
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Figure 7: Bioenergetic profiles and parameters in young and elderly myoblasts following NAC exposure. Mitochondrial respiration (panels a
and b) and glycolytic function (panels c and d) of young and elderly myoblasts are represented. OCR parameters were calculated using the
data generated in respiratory flux traces (panel a). OCR trace shows basal OCR condition and OCR recordings after 3 sequential additions
of, respectively, ATP synthase inhibitor oligomycin, ECT uncoupler FCCP, and complex III inhibitor antimycin A. ECAR trace shows
basal ECAR condition and ECAR recordings after 3 sequential additions of, respectively, glucose, oligomycin, and 2-DG. For each sample
(N = 3 young and N = 3 elderly), cells were seeded on an XFp 6-well cell culture miniplate in three replicates at 25× 104/well density.
Results are expressed as mean ± SEM of three independent experiments each performed in triplicate. The OCR and the glycolysis values
were normalized to cellular protein content. ∗p ≤ 0 05 and ∗∗p ≤ 0 005.
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lower values for spare respiratory and maximal respira-
tory capacity, which are considered as indicators of meta-
bolic plasticity, would indicate compromised mitochondrial
mass or integrity [46] and defective mitochondria in elderly
samples. Moreover, we found that the glycolytic rate was sig-
nificantly lower in elderly compared to young samples
(Figures 6(c) and 6(d)).

After the NAC exposure, we observed that basal respira-
tion, spare respiratory capacity, maximal respiration capac-
ity, and nonmitochondrial respiration became significantly

lower in elderly myoblasts versus young ones (Figures 7(a)
and 7(b)), together with a more pronounced decrease in gly-
colysis (Figures 7(c) and 7(d)). As highlighted before, NAC is
solely effective in scavenging O2

•− produced by young
myoblasts (Figure 4(c)); therefore, the exclusive activity
of NAC on young myoblasts could lead to a boost in their
viability whose occurrence would justify their improved
mitochondrial performance. On the contrary, we observed
no differences between untreated and NAC-treated elderly
myoblast in terms of OCR parameters, in agreement with
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Figure 8: Bioenergetic profiles and parameters in young and elderly myotubes in the control condition. Mitochondrial respiration (panels a
and b) and glycolytic function (panels c and d) of young and elderly myotubes are represented. OCR parameters were calculated using the
data generated in respiratory flux traces (panel a). OCR trace shows basal OCR condition and OCR recordings after 3 sequential additions
of, respectively, ATP synthase inhibitor oligomycin, ECT uncoupler FCCP, and complex III inhibitor antimycin A. ECAR trace shows
basal ECAR condition and ECAR recordings after 3 sequential additions of, respectively, glucose, oligomycin, and 2-DG. For each sample
(N = 3 young and N = 3 elderly), cells were seeded on an XFp 6-well cell culture miniplate in three replicates at 25× 104/well density.
Results are expressed as mean ± SEM of three independent experiments each performed in triplicate. The OCR and the glycolysis values
were normalized to cellular protein content. ∗p ≤ 0 05.

12 Oxidative Medicine and Cellular Longevity



the comparable O2
•− levels detected for both conditions

(Figure 4(c)), due to a possibly partially compromised anti-
oxidant machinery. This may lead to the hypothesis that
the lower OXPHOS which we see in myoblasts associated
to a whole decreased glycolysis could result in a less aerobic
glycolitic component, leaving perhaps the role of energy pro-
duction almost exclusively to the anaerobic component.

This hypothesis would be in agreement with the recent
study conducted by Pääsuke et al. [40] on primary myoblasts

from young and elderly subjects demonstrating that the pro-
liferation of myoblasts in vitro (from passages 2 to 6, simulat-
ing an in vitro senescence) is associated with downregulation
of OXPHOS, and aging in vivo (young versus elderly) caused
an altered metabolic profile by favoring the glycolytic path-
way. Our results are in agreement also with another recent
study demonstrating that senescent myoblasts show a meta-
bolic shift leading to glycolytic enzymes a pronounced down-
regulation in glycolysis [47].
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Figure 9: Bioenergetic profiles and parameters in young and elderly myotubes following NAC exposure. Mitochondrial respiration (panels a
and b) and glycolytic function (panels c and d) of young and elderly myoblasts are represented. OCR parameters were calculated using the
data generated in respiratory flux traces (panel a). OCR trace shows basal OCR condition and OCR recordings after 3 sequential additions
of, respectively, ATP synthase inhibitor oligomycin, ECT uncoupler FCCP, and complex III inhibitor antimycin A. ECAR trace shows
basal ECAR condition and ECAR recordings after 3 sequential additions of, respectively, glucose, oligomycin, and 2-DG. For each sample
(N = 3 young and N = 3 elderly), cells were seeded on an XFp 6-well cell culture miniplate in three replicates at 25× 104/well density.
Results are expressed as mean ± SEM of three independent experiments each performed in triplicate. The OCR and the glycolysis values
were normalized to cellular protein content. ∗p ≤ 0 05 and ∗∗∗p ≤ 0 0005.
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In myotubes, we found a similar trend for the OCR
parameters of elderly versus young donors. The myogenic
differentiation process is usually accompanied by an increase
in oxidative metabolism with a shift from glycolysis to
OXPHOS, as the major energy demand occurs [38, 48]. This
phenomenon is not observed in our samples, where elderly
myotubes have an OXPHOS metabolism trend similar to
young ones, but a significantly increased glycolytic rate.
These findings could suggest a different energetic plasticity
of elderly myotubes with respect to young ones and the
increased energy demand could not be covered only by
OXPHOS metabolism but require an incremented glycolytic
process maybe because their mitochondrial machine is sub-
critically impaired. Accordingly, Korolchuk and collabora-
tors demonstrated that in senescent cells, the fraction of
ATP produced by OXPHOS decreases, while relatively more
ATP is generated by anaerobic glycolysis as a compensatory
response to mitochondrial dysfunction. Furthermore, early
occurrence of mitochondrial dysfunction during the induc-
tion of cell senescence could set off a number of different cel-
lular responses and signaling pathways as well as reducing
capacity to respond to peak energy demands [49]. Similarly,
to myoblasts, NAC treatment disclosed the real differences
in few of the measured mitochondrial parameters (e.g., spare
respiratory capacity and nonmitochondrial respiration)
between elderly versus young myotubes, confirming the
hypothesis that the antioxidant acts by improving the whole
physiological fitness of young cells.

5. Conclusions

The aging process produces increased mitochondrial O2
•−

levels, neither contrasted by an adequate amount of SOD2
nor scavenged by a NAC or BURST stressor. The prolifera-
tive state shows a slower metabolism characterized by less

OXPHOS and glycolysis, probably to the detriment of the
aerobic glycolytic component.

The metabolic burst due to the onset of differentiation
leads to a pronounced increase in glycolysis which does not
occur in young myotubes. This result suggests that OXPHOS
in elderly myotubes may not be as effective at producing ATP
as it is in young myotubes. The increased glycolytic rate
observed in elderly myotubes could be therefore considered
as part of a compensatory mechanism mounted by the aging
cells in response to the sudden increase in energy demand
and in the absence of an extra OXPHOS support.

The data collected in the present study lead us to conclude
that the elderly may have less metabolic plasticity due to the
impaired mitochondrial function caused by oxidative stress.
Further studies on the expression and activity of mitochon-
drial complexes in myotubes with respect to myoblasts could
lay the foundations for future investigations about the
detailed causes of impairedmuscle regeneration during aging.
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with respect to young ones, confirming a reduction of plastic-
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For over 40 years, mitochondrial reactive oxygen species (ROS) production and balance has been studied in the context of oxidative
distress and tissue damage. However, research over the past decade has demonstrated that the mitochondria have a more
complicated relationship with ROS. Superoxide (O2

•−) and hydrogen peroxide (H2O2) are the proximal ROS formed by the
mitochondria, and the latter molecule is used as a secondary messenger to coordinate oxidative metabolism with changes in cell
physiology. Like any other secondary messenger, H2O2 levels need to be regulated through its production and degradation and
the mitochondria are enriched with the antioxidant defenses required to degrade ROS formed by nutrient oxidation and
respiration. Recent work has also demonstrated that these antioxidant systems also carry the capacity to clear H2O2 formed
outside of mitochondria. These observations led to the development of the postulate that the mitochondria serve as “ROS
stabilizing devices” that buffer cellular H2O2 levels. Here, I provide an updated view on mitochondrial ROS homeostasis and
discuss the “ROS stabilizing” function of the mitochondria in mammalian cells. This will be followed by a hypothetical
discussion on the potential function of the mitochondria and proton motive force in degrading cellular H2O2 signals emanating
from cytosolic enzymes.

1. Introduction

ROS genesis by the mammalian mitochondria relies on the
same electron transfer pathways that are also involved in
nutrient oxidation and the biosynthesis of ATP. Electrons
mobilized from the combustion of carbon are transferred to
complexes I and II of the respiratory chain through the
carriers NADH and succinate, respectively. After entry into
the electron transport chain (ETC), electrons are ferried
through the ubiquinone (UQ) pool and complex III to
complex IV, reducing molecular oxygen (O2) to water [1].
Electron transfer through this chain is a thermodynamically
favorable process and coupled with the pumping of protons
by complexes I, III, and IV [2]. This creates an electrochem-
ical difference of protons across the mitochondrial inner
membrane (MIM), called a proton motive force (PMF), that
is used by complex V to make ATP [2]. After its production,
ATP is exported into the cytosol through the ADP/ATP
translocase, also known as adenine nucleotide translocator
(ANT), to perform useful “work” in the cell [3]. The proton

gradient formed by the flux of electrons through the
respiratory chain is also used for the selective uptake of
solutes and proteins into the matrix. Proton return to the
matrix also plays a critical role in the regulation of ROS
levels. For instance, proton return through nicotinamide
nucleotide transhydrogenase (NNT) is required for the
provision of NADPH, a vital component of H2O2-degrading
antioxidant systems [4].

Mitochondria are equipped with antioxidant defenses to
quench ROS [5]. However, these defenses are not used
exclusively to clear ROS formed by nutrient metabolism
and respiration. Several studies have demonstrated that
matrix antioxidant defenses can also quench extramitochon-
drial H2O2 [6–8]. Clearance of extramitochondrial H2O2
depends on the redox buffering capacity of the matrix which
is influenced by the availability of ROS and NADPH. There-
fore, the degradation of cellular H2O2 by the mitochondria
(rate of uptake, rateu) depends on (1) rate of mitochondrial
H2O2 production (ratep,mito) and (2) the rate of mitochon-
drial H2O2 degradation (rateconsumption) (Figure 1). Here,
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I review our current understanding of how the mitochon-
dria buffer cellular H2O2 using the glutathione (GSH),
thioredoxin (TRX), and catalase systems. I also discuss
how this buffering capacity relies on mitochondrial respira-
tion for the provision of NADPH through NNT. Finally, I
elaborate on how this H2O2 buffering function of the mito-
chondria can potentially quench redox signals emanating
from cytosolic ROS producers in response to physiological
stimuli (Figure 1).

2. Mitochondrial H2O2 Homeostasis

2.1. Sources of Mitochondrial ROS.Mitochondria can contain
up to 12 potential sources of ROS associated with nutrient
oxidation (Table 1). These individual sites of production
can be classified into two groups; the NADH/NAD+

isopotential group and the UQH2/UQ isopotential group
(Table 1). The ROS-producing properties of these different
enzymes have recently been reviewed extensively [9, 10].
ROS producers that fall in the former group generate
O2

•−/H2O2 in the presence of NADH. Group two enzymes
on the other hand use the UQH2 pool to make ROS
(Table 1) [10]. Some of these enzymes are high capacity
sites for ROS release whereas others have low rates of
production. In addition, which enzyme serves as a high
capacity site for production can vary between different
tissues, which may be related to substrate availability
and mitochondrial bioenergetics (Table 1). For example,
α-ketoglutarate dehydrogenase complex (KGDH), pyru-
vate dehydrogenase complex (PDH), and complex III
account for ~90% of the ROS released by liver mitochon-
dria (Table 1) [8]. Complexes I and III and to a lesser
extent complex II display high rates for ROS production
in heart mitochondria (Table 1) [11]. It has also been
documented that KGDH and PDH produce ROS in
cardiac mitochondria, with the former generating more
than the latter [12]. However, it has been recently esti-
mated that KGDH and PDH make minor contributions

to overall ROS release from cardiac mitochondria [11].
Finally, complexes I, II and III, KGDH and PDH, and
sn-glycerol-3-phosphate dehydrogenase (G3PDH) serve
as high capacity sites in the muscle and KGDH and
PDH produce ~8x and ~4x more ROS than complex I
in these mitochondria [10]. The rate of production from
these sites can vary considerably in response to different
physiological conditions, which can affect the strength
and duration of the H2O2 signal. The concentration and
type of the substrate being oxidized and concentration
and redox state of the electron-donating site are the
most important factors that influence the rate of ROS
release from the mitochondria [10]. Other factors like
membrane potential strength, NADH availability, allosteric
regulators, or posttranslational modifications, like protein
S-glutathionylation, also affect ROS production [13, 14].
Conditions that mimic rest or exercise in the muscle have
been shown to dictate which sites form the most ROS in
muscle mitochondria, which can affect how much H2O2 is
released into the extramitochondrial space [15]. This is
associated with variations in the availability of different
substrates and ions that ultimately influence the rate of
ROS release from these sites [15]. Overall, up to 12 sites
of production can contribute to the overall rate for ROS
production (ratep,mito) in the mitochondria (Figure 1). In
addition, ratep,mito depends on the bioenergetics of the
mitochondria and can vary in response to different
physiological cues.

2.2. Antioxidant Defense Systems. The overall concentration
of mitochondrial H2O2 also depends on the rate of its
consumption (rateconsumption) (Figure 1). The routine degra-
dation of H2O2 is vital for controlling its secondary signaling
properties and preventing oxidative distress. Mitochondrial
ROS producers, like KGDH, PDH, and complexes I and II,
have been shown to produce a mixture of O2

•− and H2O2,
which is related to the free radical properties of flavin
nucleotides [12, 16]. Recent estimates indicate that ~75% of

H2O2

H2O2

rateu

Source cytosol

ratep,cyto

Signal
Cell response

Source matrix

ratep,mito

Sink matrix

rateconsumption

Signal degradation

Figure 1: Mitochondrial are a sink for cellular hydrogen peroxide. The function of mitochondria as a cellular ROS stabilizer depends on the
rate of H2O2 production (ratep,mito) and consumption (rateconsumption). Accumulation of cellular H2O2 serves as an important signal, which can
be desensitized by mitochondrial antioxidant defenses. The rate of H2O2 uptake by the mitochondria (rateu) is dependent on the redox
buffering capacity of the matrix.
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the total ROS released by PDH and KGDH is H2O2 [17, 18].
However, mitochondria also form O2

•− nonetheless which
needs to be removed rapidly to avoid the deactivation of
Fe-S cluster-containing proteins. Mitochondria contain
two superoxide dismutase isozymes (SOD), MnSOD
(matrix-bound) and Cu/ZnSOD (intermembrane space) that
catalyze the dismutation of two O2

•− to H2O2 [13]. SOD is
highly concentrated in the mitochondria (10μM) and
displays rapid kinetics (k≈ 1.8× 109M−1 s−1), maintaining
the concentration of O2

•− at ~10–200 pM [13]. Therefore,
although mitochondria do produce O2

•− via the univalent
reduction of O2, the dominant ROS in the matrix environ-
ment is H2O2.

Mitochondria are equipped with two main H2O2
degrading pathways, the GSH and TRX2 systems [19]. Liver
and cardiac mitochondria have also been found to contain
catalase, which plays an important role in eliminating H2O2
[8, 20]. In contrast to catalase, the GSH and TRX2 systems
require the reductive power of NADPH to eliminate ROS.
The glutathione system relies on the oxidation of two GSH
molecules in the presence of H2O2-forming glutathione
disulfide (GSSG), a reaction catalyzed in the mitochondria
by glutathione peroxidase (GPX). Mitochondria contain
two GPX isozymes, GPX1 and GPX4. Both isozymes
catalyze the sequestration of H2O2 with high efficiency
(kGPX1≈ 6× 107M−1 s−1 and kGPX4≈ 3× 106M−1 s−1) [21].
Restoration of GSH levels after a round of H2O2 clearance
is catalyzed by glutathione reductase (GR) in the presence
of NADPH. The TRX system utilizes the catalytic activity

of peroxiredoxin (PRX), which contains a peroxidatic
cysteine (CysP) in its active site to sequester H2O2 [22].
The oxidized CysP is resolved by a neighboring cysteine
residue (resolving cysteine, CysR) forming an intermo-
lecular disulfide bridge. In the matrix, PRX3 and
PRX5 are responsible for catalyzing these reactions
(kPRX3≈ 2× 107M−1 s−1 and kPRX5≈ 3× 105M−1 s−1) [21]. In
the matrix of the mitochondria, the reductive power stored
in TRX2 reactivates PRX3 or 5 through a simple disulfide
exchange reaction [23]. TRX2 is then reactivated by
thioredoxin reductase-2 (TR2) in the presence of NADPH.
Mitochondria have also been reported to use α-keto acids
to spontaneously eliminate H2O2 [24]. Unfortunately, α-keto
acids display slow kinetics for H2O2 degradation [25]. In
addition, millimolar amounts are required to quench H2O2.
Pyruvate has been reported to accumulate to ~0.5mM but
α-ketoglutarate typically occurs in the low μM range [26].
By contrast, GPX1 and PRX3 occur at ~2μM and ~60μM,
respectively, in the matrix and display high rates for H2O2
elimination. Therefore, it is unlikely that α-keto acids make
any real contribution to H2O2 removal in vivo.

The contributions of the GSH and TRX2 systems to
H2O2 elimination has been enthusiastically debated for
several years. Competitive kinetic analyses contended that
PRX accounts for ~90% of the H2O2 removal in the mito-
chondria [21]. Moreover, genetic ablation of the Trx2 gene
is embryonically lethal whereas loss of the Gpx1 and Gpx4
genes only sensitizes cells towards oxidative distress [27].
However, it needs to be emphasized that GPX1 and 4 are

Table 1: Mitochondria can contain up to twelve sources of O2
•−/H2O2. The twelve different enzymes are associated with nutrient metabolism

and can be subcategorized in two groups: the NADH/NAD+ isopotential group and UQH2/UQ isopotential group. The different sites make
variable contributions to overall ROS release in different tissues.

Isopotential group Enzyme Site of production High capacity site?

NADH/NAD+

α-Ketoglutarate dehydrogenase FAD (KF)
Yes: liver, muscle [8, 10]

No: cardiac [11]

Pyruvate dehydrogenase FAD (PF)
Yes: liver, muscle [8]
No: cardiac [11]

Branched-chain keto acid dehydrogenase FAD (BF)
Moderate: muscle [10]
Unknown: liver, cardiac.

2-Oxoadipate dehydrogenase FAD (OF)
Moderate: muscle [10]
Unknown: liver, heart

Complex I FMN (IF)
Yes: cardiac [11]

No: muscle, liver [8]

UQH2/UQ

Complex I UQ binding site (IQ)
Yes: muscle [10]

Unknown: liver, cardiac

Complex II FAD (IIF)
Yes: muscle, liver (129 mice only), cardiac [61].

No: liver (C57Bl6N) [11].

Complex III
UQ outer leaflet binding

site (IIIQo)
Yes: muscle, liver, cardiac [8]

Electron transfer flavoprotein:
ubiquinone oxidoreductase

FAD (EF)
No: muscle [10]

Unknown: liver, cardiac

sn-Glycerol-3-phosphate dehydrogenase FAD (GF) Yes: muscle, liver, cardiac [10]

Proline dehydrogenase FAD (PF)
No: muscle [10]

Unknown: liver, cardiac

Dihydroorotate dehydrogenase FAD (DF)
No: muscle [10]

Unknown: liver, cardiac
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used exclusively for the elimination of H2O2 and lipid
hydroperoxides whereas TRX2 is required to reduce disulfide
bridges in a multitude of enzymes including ribonucleotide
reductase. In addition, the impact of ablating the Prx3 gene
has not been examined and recent work utilizing cell lines
has demonstrated that both systems are equally important
at eliminating H2O2 [28]. Recent work has also found that
the TRX2 system may fulfill a secondary function in elimi-
nating H2O2 formed by respiration [8]. Indeed, Slade et al.
found that only GSH and catalase were involved in eliminat-
ing H2O2 in mouse liver mitochondria whereas the TRX2
system made a negligible contribution [8]. Similar observa-
tions were made with rat liver mitochondria [29]. In fact,
Rigobello et al. showed that the TRX2 system contributed
to H2O2 elimination only when ROS was overproduced by
liver mitochondria following treatment with the electron
transport chain blocker, antimycin A [29]. These findings,
however, do contradict studies conducted with muscle
mitochondria. In two separate studies, it was demonstrated
that the TRX2 system is integral for eliminating H2O2
formed by respiration [7, 30]. In addition, the GSH system
was also found to play an important part in H2O2 removal
in skeletal muscle mitochondria [7]. Similar observations
were also made with neural mitochondria and skeletal
muscle fibers [6, 30]. Although speculative, it is possible that
different tissues rely on different systems for the elimination
of H2O2. Hepatocytes are routinely exposed to high ROS due
to their normal physiological functions and thus may rely on
catalase and GSH to maintain the steady-state level of H2O2
with the TRX2 system serving as the third line of defense in
case levels get too high. As indicated above, TRX2 is vital
for reducing disulfide bridges formed in various proteins
including PRX enzymes. Therefore, it is possible that liver
cells may reserve TRX2 for the reduction of disulfide bonds
and utilize it for antioxidant defense when other systems
are overwhelmed by H2O2. By contrast, muscle and neural
mitochondria are not routinely exposed to high ROS like
hepatocytes and may simply utilize the GSH and TRX2
systems for H2O2 elimination.

2.3. Provision of NADPH and the Importance of
Transhydrogenase. Antioxidant defenses depend on the
reductive power stored in NADPH. Therefore, H2O2
degradation ultimately relies on the provision of NADPH.
Mitochondria contain an entire suite of NADPH-producing
enzymes that support antioxidant defenses. The complement
of enzymes involved in producing NADPH in the matrix of
mitochondria includes malic enzyme (ME), glutamate
dehydrogenase (GDH), NADP+-dependent isocitrate dehy-
drogenase (IDH2), and NNT [31, 32]. It has also been found
that mitochondria contain a matrix-associated glucose-6-
phosphate dehydrogenase (G6PDH) isozyme, which has
been speculated to play a role in the production of mitochon-
drial ribose sugars for nucleotide biosynthesis [33]. Unlike
the other NADPH producers, which simply couple the
oxidation of carbon to the reduction of NADP+, NNT
actually assembles in the mitochondrial inner membrane
and couples proton return to the matrix to the transfer of a
hydride from NADH to NADP+ [34].

Work over the past decade has demonstrated that NNT is
an important NADPH supplier in the mitochondria. This
importance was first recognized when it was discovered that
the C57Bl/6J mouse strain carries a loss-of-function variance
in the Nnt gene [35]. These mice are glucose intolerant and
have a glucocorticoid deficiency [36, 37]. Variances in the
Nnt gene in humans are also associated with familial gluco-
corticoid deficiency [38]. The observation that the loss of
the Nnt gene results in glucocorticoid deficiency is intriguing
from a redox signaling perspective since it was recently found
that mitochondrial ROS signals play a critical role in
glucocorticoid biosynthesis and that oxidative distress
hinders steroidogenesis [39]. Loss of NNT sensitizes mito-
chondria to oxidative distress, increases ROS release, and
induces abnormalities in mitochondrial redox buffering
capacity [32]. Deletion of the Nnt gene diminishes NADPH
recovery time in liver mitochondria challenged with tert-
butyl hydroperoxide [31]. In addition, there are no compen-
satory increases in the activities of IDH2, ME, or GDH in
liver mitochondria from mice homozygous or heterozygous
for the Nnt gene unless their cognate substrates are supplied
at high concentrations [31, 32]. Loss of NNT also leads to
spontaneous NADPH oxidation and sensitizes the mito-
chondria to permeability pore opening [32]. In addition,
substrate supply plays an integral role in driving NADPH
formation by NNT. It has been estimated that NNT accounts
for most of the NADPH production in the mitochondria.
This, however, depends on the bioenergetic state of the
mitochondria [31]. For instance, up to 100% of the total
NADPH can be produced by NNT in the mitochondria
operating under state 4 respiratory conditions [31]. Induc-
tion of state 3 respiration diminishes the contribution of
NNT towards NADPH production (accounting for ~50%
or lower) [31]. At this point, it should be emphasized that
state 3 respiratory conditions are highly artificial and do
not represent a natural bioenergetic state of the mitochondria
in cells. It has been estimated that the mitochondria actually
operate between state 3 and 4 respiration in neural andmuscle
tissue and cultured cells (referred to as stateapparent to reflect
the intermediary state of respiration in cells) [40–42]. There-
fore, NNT is likely to be themajor supplier for NADPHunder
physiological conditions. Finally, collapsing the mitochon-
drial membrane potential abolishes the NADPH-producing
activity of NNT [31]. In fact, in one intriguing study, it was
observed that collapsing the membrane potential reverses
NNT [4]. In this case, it was found that it transfers a
hydride from NADPH to NAD+ resulting in the pumping
of protons into the intermembrane space [4]. This results
in the depletion of mitochondrial NADPH, leaving cells
vulnerable to oxidative attack. This also demonstrates the
importance of NNT in maintaining the NADPH pool
since its reversal results in oxidation of ROS clearing sys-
tems culminating with oxidative damage and development
of heart disease.

Other sources of NADPH can, to a certain degree,
compensate for the loss of NNT. C57Bl/6J mice are still viable
regardless of the loss-of-function mutation for the Nnt gene.
In addition, liver mitochondria from NNT knockout mice
can maintain normal NADPH levels if isocitrate, malate, or
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glutamate are added to the reaction mixtures [31]. However,
as noted above, compensation by these other NADPH-
forming enzymes is limited [31]. Other pathways can also
serve as NADPH suppliers in the mitochondria. Matrix-
associated G6PDH was found to be an important source of
NADPH in cultured myoblasts, human myotubes, and
HEK293 cells cultured in a high glucose medium [33]. By
contrast, exposure of cells to a low glucose medium rich in
Krebs cycle-linked substrates upregulates IDH2 [33]. There-
fore, mitochondria do have the ability to use various carbon
sources to sustain NADPH production. However, it is likely
that NNT is the major supplier in vivo since it utilizes a cen-
tral and sustainable energy source, the proton gradient, to
form NADPH.

3. Mitochondria as a Sink for Cellular
Hydrogen Peroxide

Because the mitochondria are abundant in mammalian cells
and enriched in antioxidant defenses, these organelles can
serve as an ideal sink for cytosolic or extracellular H2O2.
The rate for H2O2 uptake by the mitochondria depends on
its redox buffering capacity (Figure 1). The capacity of
mammalian mitochondria to clear H2O2 from the surround-
ing environment was initially proposed by Jezek and Hlavata
in 2005 [43]. In this seminal article, it was hypothesized that
the mitochondria can quench cytosolic H2O2 when the rate
for ROS release from the respiratory chain (or potentially

other sources) was low [43]. This would maintain mitochon-
drial redox buffering capacity in a more reduced state
promoting clearance of H2O2 formed in the cytosol or extra-
cellular milieu. The authors based this hypothesis on findings
showing that uncoupling the PMF diminishes ROS release
from the respiratory chain, allowing the clearance of H2O2
outside of the mitochondria [43]. These concepts were then
tested with brain mitochondria where it was found that
matrix antioxidant defenses can stabilize the steady-state
concentration of H2O2 in the surrounding medium [6].
Through a series of well-designed experiments, it was
demonstrated that the mitochondria serve as a “dampening
device” for ROS, sequestering H2O2 when it is at a higher
than normal concentration in the surrounding medium
(Figure 2) [6]. Another key finding from this study was that
the “ROS-stabilizing” feature of the mitochondria relied on
substrate oxidation and respiration (Figure 2) [6]. This would
allow for the provision of NADPH, a key ingredient for the
maintenance of antioxidant defenses. The concept that the
mitochondria can clear H2O2 from the surrounding medium
was also demonstrated with muscle and liver mitochondria.
Several studies found that rat muscle mitochondria can
quench H2O2 from the surrounding buffer using both the
GSH and TRX2 systems [7, 30]. It is also possible that
catalase also aids in eliminating H2O2 external to muscle
mitochondria as well [44]. The GSH and TRX2 systems
play key roles in maintaining the steady-state level of
extramitochondrial H2O2 levels in rat and mouse liver
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mitochondria [8]. Slade et al. also showed that catalase
plays an integral role in eliminating extramitochondrial
H2O2 when it is in excess [8]. Indeed, liver mitochondria
isolated from C57Bl/6N mice were able to clear 2μM
H2O2 within 2.5minutes and catalase comprised ~55–60%
of this quenching activity [8]. At lower levels, GSH and
TRX2 systems were crucial at maintaining H2O2 steady-
state levels (sub μM range) outside of the mitochondria [8].
The caveat to the studies described above is that this H2O2
clearance feature was tested in vitro bringing into question
the physiological relevance of mitochondria as cellular
ROS-dampening devices. However, a recent study demon-
strated that the mitochondria retain their capacity to clear
cytosolic H2O2 in cardiac myoblasts [28]. In this seminal
study, different mitochondrial antioxidant defenses and
NADPH producers were knocked down to assess if the
mitochondria are required to maintain the steady-state
concentration of cytosolic H2O2. The authors found that
maintenance of the cytosolic redox environment is highly
dependent on mitochondrial H2O2 buffering capacity
[28]. Moreover, it was documented that mitochondrial
antioxidant defenses play a central role in clearing cellular
H2O2. In addition, it was shown that this capacity is
highly dependent on mitochondrial substrate oxidation
and NADPH production by NNT [28]. Taken together,
mitochondria have an innate ability to take up and
degrade H2O2, a feature that depends on the provision
of NADPH by NNT.

The redox code is defined as a “set of principles that
describes the spatiotemporal positioning, in terms of the redox
state, of the nicotinamide pool (NAD+ and NADP+) and
thiols/disulfides relative to the redox proteome in biological
systems” [45]. At its core, the redox code is influenced by
the rate of H2O2 production and consumption, both of which
rely on nutrient oxidation and the proton motive force [45].
One critical observation made regarding the H2O2-clearing
abilities of the mitochondria is that it relies on substrate
catabolism and respiration. The catabolism of carbon is
required for the provision of NADPH and the maintenance
of mitochondrial redox buffering networks in a reduced/
active state. It is, therefore, also important to consider the
source of this NADPH. Dey et al. demonstrated that
knocking down IDH2, ME, or NNT does compromise the
H2O2 quenching capacity of the mitochondria [28].
However, it was also observed that NNT was the largest con-
tributor towards the degradation of H2O2 [28]. This agrees
with the in vitro studies conducted with liver mitochondria
that demonstrated that NNT is the chief supplier, and ME
and IDH2 make minor contributions to the NADPH pool
in the matrix [31]. Moreover, a study that was conducted
with permeabilized muscle fibers found that NNT is crucial
for mitochondrial H2O2 clearance and disabling this redox
circuit can lead to the development of metabolic disorders
[46]. Therefore, the ability of the mitochondria to clear
H2O2 from the cytosolic environment is likely to be highly
dependent on the NADPH-forming capacity of NNT. This
would mean that cellular redox balance hinges on the
capacity of the mitochondria to form a proton gradient
(Figure 2).

4. Role of the Mitochondria in Degrading
Cytosolic H2O2 Signals

It is now widely recognized that H2O2 produced by cytosolic
enzymes serves as a critical secondary messenger required to
regulate a wide range of cellular functions [47]. A variety of
hormones including growth factors (platelet-derived growth
factor (PDGF), epidermal growth factor (EGF), insulin, and
IGF) and cytokines (tumour necrosis factor-α; TNFα, and
angiotensin II) can stimulate O2

•− production by nonim-
mune cell NADPH oxidases (NOX) [47]. The O2

•− formed
by NOXs is then rapidly converted to H2O2 by SOD for the
induction of oxidative eustress signaling pathways [48].
Hydrogen peroxide signals emanating from cytosolic
enzymes have been proposed to proceed via two mecha-
nisms: (1) the floodgate model and (2) the redox relay model
(Figure 3). Empirical evidence has demonstrated that both
systems are used by mammalian cells for information trans-
mission. Work on the floodgate model can be traced back
to a landmark study by Irani et al. where it was shown that
PDGF can stimulate cellular H2O2 production in vascular
smooth muscle cells leading to the induction of chemotaxis
and DNA synthesis [49]. Later studies demonstrated that this
was associated with increased growth factor receptor
phosphorylation, which was related to the H2O2-mediated
deactivation of the protein tyrosine phosphatases [50–52].
The accumulation of H2O2 for signaling was found to be
facilitated by the temporary oxidative deactivation of
cytosolic peroxiredoxin (PRX1) [52]. This involves the oxida-
tion of the catalytic CysP to sulfinic acid (SO2H) through a
sulfenic acid intermediate (SOH). The SO2H can be reduced
back to its corresponding thiol by sulfiredoxin (SRX), but the
reaction is slow (Figure 3) [53]. This allows H2O2 to accumu-
late to a high enough concentration to serve as a secondary
messenger. The redox relay mechanism basically involves a
series of disulfide exchange reactions between PRX and a
target protein (Figure 3). For instance, Sobotta et al. observed
that the cytokine-mediated activation of STAT3, and its
subsequent deactivation, involves a series of disulfide
exchange reactions with oxidized PRX2 and TRX1 [54]. In
this case, cytokine signaling induces a burst in H2O2 genera-
tion resulting in its degradation by the peroxidatic cysteine in
PRX2 [54]. The resulting disulfide bridge formed between the
peroxidatic cysteine and the resolving cysteine in PRX2 is
reduced by STAT3, activating the protein [54]. This disulfide
bridge is then reduced by TRX1 in the presence of NADPH,
deactivating STAT3.

It is not known if mitochondrial antioxidant defenses are
required to degrade cytosolic H2O2 signals formed by NOX
(or other cytosolic enzymes) even though interactions
between the mitochondria and NOX have been documented.
For instance, mitochondria have been found to crosstalk with
NOX through a process called “feed forward cycling” [55].
This mechanism involves crosstalk between NOX and the
mitochondria resulting in the activation of ROS production
from both sources. Mitochondria have several properties that
allow it to serve as a sink for cellular H2O2 signals. First,
respiring mitochondria can generate NADPH quickly. NNT
is a major supplier for NADPH and plays a critical role in
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quenching cellular H2O2. When NNT is active, liver mito-
chondria can replenish matrix NADPH levels within a few
minutes [31]. However, deletion of the Nnt gene induces a
considerable lag in NADPH recovery in actively respiring
mitochondria [31]. In addition, Dey et al. showed that
NNT is a major NADPH supplier in cultured cells and plays
an important role in cellular H2O2 degradation [28]. As
noted in Section 3, several other enzymes can tap into various
carbon sources to produce NADPH. However, using the
proton gradient for NADPH production is advantageous

since it is a readily accessible form of sustainable energy that
can be produced by the oxidation of a number of different
carbon sources (Figure 2). Therefore, the capacity of the
mitochondria to degrade cellular H2O2 signals may ulti-
mately rely on the PMF and polarity of the mitochondrial
inner membrane (Figure 4). A second important consider-
ation is the resistance of PRX3 and 5 towards oxidative
deactivation and the abundance of GSH in the matrix. The
redox relay and floodgate systems in the cytosol rely on the
temporary oxidative deactivation of PRX1 and 2 for signal
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Figure 3: Hydrogen peroxide is a secondary messenger that transmits information in the cytosol using two different mechanisms: the
floodgate and redox relay models. The floodgate model involves the activation of cell surface receptors by a physiological stimulus. This
induces cell signaling cascades that also activate NADPH oxidase (NOX), activating the production of H2O2. The hydrogen peroxide
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propagation. The caveat to this mechanism is the hindrance
of an important H2O2 clearing system in the cytosol. Dis-
abling a PRX1 and 2 could be dangerous since it can
prolong redox signals that could potentially damage the cell.
Mitochondria are not only enriched in antioxidant
defenses but also contain PRX isoforms that are highly
resistant to oxidative deactivation. It has been shown that
PRX1 can rapidly undergo oxidative deactivation by H2O2
[56]. The matrix-associated isoform PRX3, on the other
hand, is highly resistant to oxidative deactivation [56]. This
would mean that the mitochondria can maintain their
H2O2-clearing capacity even when cytosolic systems may be
deactivated by high H2O2 levels. Mitochondria are also
rich in GSH (~5mM) and contain high concentrations of
the individual enzymes involved in antioxidant defenses
(discussed in Section 3). Finally, liver, cardiac, and poten-
tially muscle mitochondria contain catalase, which can also
eliminate cytosolic H2O2 rapidly. Another important factor
is that the thiol oxidoreductase, glutaredoxin-2 (GRX2),
can substitute for TR2 if it is deactivated by lipid hydro-
peroxides and reactivate the TRX2 antioxidant system
[57]. Finally, the same factors that induce cytosolic H2O2
signals have also been documented to activate mitochondrial
respiration. Growth factor deprivation hinders mitochon-
drial respiration [58]. In addition, growth factors like IGF
have been found to activate mitochondrial respiration
through the induction of the PI3K signaling pathway [59].
Mitochondria are also equipped with regulatory mecha-
nisms, including proton leaks, supercomplex assemblies,
and protein S-glutathionylation reactions, that rapidly
suppress ROS release from sites of production [60]. By
suppressing ROS release, regulatory systems can promote
the provision of NADPH for antioxidant defenses and the
clearance of H2O2. Therefore, although hypothetical at this
point, mitochondria have a number of redox attributes that
could potentially play a significant role in modulating
cytosolic H2O2 signals by facilitating the desensitization of
these signals.

5. Conclusion

Mitochondria are dynamic organelles that fulfill a myriad of
cell functions. This includes serving as a platform for the
transmission of cell signals. Mitochondria also serve as a
critical source and sink for H2O2, a secondary messenger that
mediates cellular redox signals. Hydrogen peroxide is often
dubbed a mitokine since its release from the mitochondria
modulates cell functions in response to physiological cues.
It is also apparent that the mitochondria have the capacity
to serve as a cellular H2O2 stabilizing device. This is related
to the high concentration of antioxidant defense enzymes
in the matrix and its capacity to rapidly regenerate NADPH.
Here, I have outlined how the ROS quenching capacity of the
mitochondria can be utilized to degrade H2O2 signals ema-
nating from cytosolic enzymes like NOX. Mitochondria are
well equipped to serve as a cellular H2O2 signal dampener.
The ability of the mitochondria to quench cellular H2O2
signals depends on the establishment of a proton motive
force to support NADPH production for antioxidant

defenses (Figure 4). It is obvious that more research is
required to understand how the mitochondria clear H2O2
from the surrounding environment, the role of NNT in this
process, and the function of this ROS dampening feature in
controlling cellular redox signals. Based on its bioenergetic
properties and high amount of antioxidant enzymes, mito-
chondria are an excellent candidate for the modulation of
cellular H2O2 signals.
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