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One of the hallmarks of cancer is the deregulation of cellular
energetics [1]. This allows cancer cells to proliferate and survive in microenvironments that would lead to the death of a
normal cell. As a consequence of deregulated cellular energetics, cells produce higher levels of reactive oxygen species
(ROS) concomitant with alterations in antioxidant pathways
[2]. ROS contributes to cell survival, proliferation, and
metastasis in a variety of cancers but left uncontrolled leads
to cell death [3]. Cancer cells have adapted to this oxidative
stress through various mechanisms allowing them to survive
in hypoxia and to become drug resistant [4]. This has given
rise to diﬀerent treatment strategies aiming to enhance ROS
production in cancer cells leading to the selective killing of
these cells when compared to normal cells.
This special issue on harnessing oxidative stress as an
innovative target for cancer therapy focuses both on understanding how cancer cells alter their antioxidant signaling
pathways causing drug resistance as well as utilizing alterations in ROS regulation to target cancer cells with novel
treatment strategies.
The manuscripts submitted to this special issue were
reviewed by at least 2 external reviewers and one guest editor.
All the papers were selected on the basis of scientiﬁc signiﬁcance, relevance to topic of oxidative stress and novelty.
Mentioned below are the highlights of the manuscripts
published in this special issue.
Adaptation to oxidative stress leads to drug resistance [2].
C. Glorieux et al. have shown that chromatin remodeling of

the catalase gene leads to increased catalase activation in
breast cancer cell lines. The increased expression appeared
to be independent of the activation of DNA damage signaling, blockage of protein degradation, or increased mRNA
stability. Other redox regulation proteins are also increased
in breast cancer. N. Roininen et al. have shown that
redox-regulating proteins Nrf2, Keap1, Trx, and Prx1 were
increased in breast cancer patients undergoing neoadjuvant
chemotherapy. Before chemotherapy, the lower expression
levels of these redox regulatory proteins in breast tumors
correlated with reduced disease-free survival of patients.
This suggests that redox-regulating enzymes might be able
to prognosticate cancers and that they may also be excellent targets for treatment.
In addition to drug resistance, cytotoxicity of chemotherapy on normal tissue in patients is a major limitation in treatments [5]. It has been suggested that oxygen pretreatment of
tissue could reduce cisplatin cytotoxicity in renal tubular cells
of the kidney [6]. However, B. Rasoulian et al. have demonstrated that oxygen pretreatment also reduces the cytotoxicity of cisplatin in malignant cells suggesting that oxygen
pretreatment might not be a successful strategy to reduce
toxicity in patients treated with cisplatin.
Hypoxia is a poor prognostic factor in cancer, and adaptations to low oxygen levels help drive tumor progression,
causing cancer cells to become more aggressive and resistant
to chemotherapy [7]. A major mechanism for this adaptation
involves the stabilization and activation of the transcription
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factor, HIF-1. However, recent studies suggest that the
regulation of mRNA translation may also play an important role in this process [8]. Indeed, some alterations in
translation may occur via an elF4E2-depedendent pathway,
leading to increased migration, invasion, and tumor growth.
G. Melanson et al. have reviewed the potential for elF4E2
inhibitors to be an eﬀective therapy for hypoxic tumors.
Adaptations to oxidative stress are being explored as
novel treatment targets in cancer [2]. Two review articles by
S. R. Chowdhury and V. Banerji and R. F. Dielschneider
et al. have illustrated that targeting mitochondrial bioenergetics and alterations in lysosomes is an eﬀective strategy to
selectively kill cancer cells. Both of these targets in cancer
cells utilize elevated ROS levels to induce cell death.
Novel drugs are also being investigated to induce oxidative stress in cancer cells leading to cell death. L. Wang
et al. showed that the combination of triethylenetetramine
and ascorbic acid leads to synergistic cell death mediated by
elevated levels of hydrogen peroxide. Similarly, L. D. Santos
et al. showed that xylopine (an aporphine alkaloid agent)
induced apoptosis dependent upon increased ROS levels in
cancer cells. Using an inhibitor of the redox-regulating
protein Nrf2, M. Wang et al. showed that this inhibitor
eﬀectively induces apoptosis in combination with UVA
irradiation and reduced tumor growth in mouse models.
These innovative drugs could provide novel treatment
strategies to target ROS adaptations in cancer cells leading
to cell death while sparing normal cells.
Novel drugs given as monotherapies are unlikely to be
eﬀective due to cellular adaptations leading to drug resistance. Rational drug combination needs to be developed to
combat drug resistance in cancer. G. Carrasco-Torres et al.
showed that a combination of maleic anhydride derivatives
(prooxidant) and quercetin (antioxidant) could induce cell
death in cancer cells but not normal human epithelial cells.
This suggests that using drugs that ﬁrst give an oxidative
response followed by an antioxidant drug might be a potential new treatment strategy.
Taken together, this special issue gives insight into the
potential of targeting the oxidative stress response in cancer
cells that could overcome drug resistance and spare normal
tissue. This will provide patients with more therapeutic strategies to combat cancer utilizing the cancers’ alterations in the
redox defense systems. This will hopefully lead to longer
disease-free survival of the cancer patient.
Lynne Postovit
Christian Widmann
Peng Huang
Spencer B. Gibson
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Altered cellular metabolism is considered a hallmark of cancer and is fast becoming an avenue for therapeutic intervention.
Mitochondria have recently been viewed as an important cellular compartment that fuels the metabolic demands of cancer cells.
Mitochondria are the major source of ATP and metabolites necessary to fulﬁll the bioenergetics and biosynthetic demands of
cancer cells. Furthermore, mitochondria are central to cell death and the main source for generation of reactive oxygen species
(ROS). Overall, the growing evidence now suggests that mitochondrial bioenergetics, biogenesis, ROS production, and
adaptation to intrinsic oxidative stress are elevated in chronic lymphocytic leukemia (CLL). Hence, recent studies have shown
that mitochondrial metabolism could be targeted for cancer therapy. This review focuses the recent advancements in targeting
mitochondrial metabolism for the treatment of CLL.

1. Introduction to CLL and Its Treatment
Chronic lymphocytic leukemia (CLL) is part of a spectrum of
lymphoproliferative disorders that include monoclonal B-cell
lymphocytosis (MBL) and small lymphocytic lymphoma
(SLL) which are deﬁned by the aberrant accumulation of
mature CD19-/CD5-positive monoclonal B-lymphocytes in
peripheral blood [1]. In CLL, monoclonal B-lymphocytes
must achieve a threshold of >5 × 109/L in the peripheral
blood, whereas in SLL and MBL, they remain lower [1].
The lymph nodes, spleen, and bone marrow may be aﬀected
in CLL or SLL. In MBL, there is no evidence of enlarged
lymph nodes or spleen and blood counts are normal [2].
The progression rate of MBL to CLL is approximately 1%
per year requiring treatment [2]. For the purpose of this
review, CLL and SLL will be considered as one entity.
CLL is the most common leukemia in the Western
world aﬀecting adult patients, and the true incidence is

underestimated [3]. The clinical course of CLL is highly
variable, ranging from a long-lasting stable disease requiring
observation to a one that rapidly progresses requiring
treatment [4]. The natural history of this indolent lymphoproliferative disorder is most patients relapse and require
retreatment [5]. Treatments have exploited cell proliferation
or DNA replication to target cells within the peripheral
blood, lymph nodes, and bone marrow [6]. Common treatments include nucleoside analogues (ﬂudarabine), alkylating
agents (cyclophosphamide, chlorambucil, and bendamustine) in combination with monoclonal antibodies directed
against CD 20 (rituximab or obinutuzimab) in the front line
setting [4]. Within the relapse setting or in high-risk patients
harboring a deletion of 17p chromosome, targeted agents
such as tyrosine kinase inhibitors, ibrutinib, a BTK (Bruton’s
tyrosine kinase) inhibitor, and idelalisib, a PI3Kdelta (phosphoinositide-3-kinase) inhibitor, as well as small molecules,
speciﬁcally venetoclax, a BCL-2 (B-cell lymphoma gene)
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inhibitor, are currently available [4]. The sites of disease
relapse are often within the lymph nodes and bone marrow
microenvironments. This is in part due to acquired tumor
suppressor loss speciﬁcally ATM (ataxia telangiectasia
mutated gene) and/or TP53 or the development of clonal
evolution [7, 8]. These CLL cells are resilient based on their
ability to escape apoptosis and furthermore protected by
the tumor microenvironment. This may be as a result of
alterations in cellular metabolism which represent a hallmark
of cancer [9]. Certain metabolic changes in cells are essential
in order for them to be transformed to cancerous cells, and as
a consequence, the metabolic framework is substantially
altered [10]. Thus, nutrients, cytokines, and signaling molecules within the cancer cell and its microenvironment promote cell and promote drug resistance mainly by crosstalk
from the stromal microenvironment or tissue niche that
enhances leukemia cell viability [11]. Signaling through
direct cell-cell contact, secretion of stromal factors and
metabolic interactions of the tissue microenvironment also
results in the protection of leukemia cells [12, 13].
Although altered cellular metabolism was recognized as a
characteristic of cancer cells by Otto Warburg almost a
century ago, it was popularized in the 1950s, only to recently
have actual functional links been established between oncogenic pathways and cellular metabolism [14]. Mitochondria
play an important role in cellular metabolism. Mitochondria
are involved in cell death, cell diﬀerentiation, innate immunity, hypoxia, and the metabolism of amino acids, calcium,
iron-sulphur clusters including heme biosynthesis [15]. In
addition, altered mitochondrial bioenergetics, the redox
balance of cells, and proapoptotic factors are controlled
by mitochondria that may lead to cell death. Thus, crucial
roles of mitochondria in the neoplastic phenotype notably
are resistance to apoptosis, uncontrolled proliferation, and
metabolic reprogramming [16, 17]. The increasing data
eventually indicate that mitochondria may be the prime
target for cancer therapy rather than simple bystanders
for cancer maintenance.

2. Mitochondrial DNA
Mitochondria are important bioenergetics and biosynthetic
factories critical for normal cell function and human health
[18]. Unlike any other organelle, the mitochondrion has its
own DNA which can be altered and result in disease
conditions. The human mitochondrial genome is a doublestranded circular structure that is about 16.6 kb pairs in
length. It contains 37 genes that code 2 rRNAs, 22 tRNAs,
and 13 mitochondrial proteins of the respiratory chain
[19, 20]. One of main features that diﬀerentiate mitochondrial genome from nuclear genome is the intrinsic
susceptibility to damage. Mitochondrial DNA (mtDNA) is
substantially more susceptible to mutations than nuclear
DNA (nDNA) as it is less protected due to its complex chromatin organization, limited repair capacity, and also ROS
generated by the electron transport chain being close to its
proximity; however, this remains controversial [21]. Given
that there are multiple copies of mtDNA in each cell,
mutations can aﬀect either all of them (this is termed as
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homoplasmy) or a proportion (termed as heteroplasmy).
This becomes important when thinking of reasons for why
CLL occurs and how this may contribute to the physiology
of the disease. However, it is important to point out that
mitochondrial proteins involved in oxidative phosphorylation (OXPHOS) and ATP production are vastly encoded by
nuclear DNA.

3. Mitochondrial Physiology and ROS
The main physiological function of mitochondria is the
production of ATP by OXPHOS and the essential metabolites to accomplish the bioenergetics and biosynthetic
demands of normal and cancer cells [22]. Three major
and important aspects of OXPHOS involved in mitochondrial pathogenesis are (i) energy production, (ii) ROS production, and (iii) apoptosis [21]. Carbon fuels are utilized
by mitochondria to produce ATP. The sources of carbon
pools are pyruvate generated from glycolysis, amino acids
like glutamine, and fatty acids. The Krebs cycle in the mitochondrial matrix uses these carbon fuels to generate the
reducing equivalents NADH and FADH2, which subsequently pass their electrons to the electron transport chain
(ETC). The transfer of electrons is coupled to the eﬄux of
hydrogen ions from the matrix to the intermembrane space
by mitochondrial complexes I, III, and IV (Figure 1). The
two main components generated by the proton-motive
force are the membrane potential that occurs from the net
movement of positive charges across the inner mitochondrial membrane and the pH gradient. Most of the energy
largely supplied by the membrane potential (cca 150–
180 mV) is reserved in the gradient. Complex V uses this
proton-motive force to generate ATP from ADP and Pi.
Thus, the mitochondrial membrane potential is crucial
to maintain the physiological function of the ETC in
order to produce ATP. A signiﬁcant loss of mitochondrial
membrane potential renders cells depleted of energy with
subsequent death. Besides, the generation of NADH and
FADH2, the Krebs cycle also produces intermediates that
can fuel into multiple biosynthetic ways to synthesize glucose, amino acids, lipids, heme, and nucleotides. Hence,
mitochondria serve as a center for both catabolic and
anabolic metabolism.
ROS is a byproduct of the mitochondrial electron
transport chain. Free radicals are mainly generated in the
inner mitochondrial membrane during the process of
OXPHOS. The leakage of electrons primarily occurs at
complexes I and III that leads to partial reduction of oxygen and forms superoxide. Superoxide anions are subsequently and rapidly dismutated to hydrogen peroxide by
superoxide dismutases 1 and 2 (SOD1, Cu-Zn superoxide
dismutase, and SOD2, Mn-superoxide dismutase). SOD1
is located in the inner mitochondrial membrane space
and SOD2 in the mitochondrial matrix. H2O2 is then
converted to water by glutathione peroxidase (Figure 1).
The important role of ROS has been implicated in the
regulation of growth and survival of cancer as well as
structural damages to cells along with lipids, membranes,
and DNA [23].
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Figure 1: Scheme of the mitochondrial electron transport chain. During the respiration process in mitochondria, electrons from the oxidized
state of substrates are transported through a series of electron transport carriers (dashed arrows) located in the inner mitochondrial
membrane. Electrons (e−) raised from NADH and FADH2 enter the electron transport chain at Complexes I and II, respectively. The free
energy is released from Complexes I, III, and IV by the gradual decrease of redox potential while electrons are passing and translocating
protons (H+) from the matrix into the intermembrane space of mitochondria. The proton electrochemical potential gradient generated
across the inner mitochondrial membrane is referred as the proton-motive force (pmf). The pmf is used to generate ATP by ATP synthase
and also allows the return of protons into the matrix. The redox state of mitochondrial complexes is shown in green. Several chemical
compounds (ellagic acid; acacetin; 2-ME, 2-methoxiestradiol; PEITC, β-phenylethyl isothiocyanate; VPA, valproic acid; and MCNA,
metal-containing nucleoside analogues) alter the ROS generation in CLL. The comparatively darker carrier indicates a more reduced state
and vice versa. Cyto c: cytochrome c; NADH: nicotinamide-adenine dinucleotide (reduced); FADH2: ﬂavin-adenine dinucleotide (reduced);
Q: ubiquinone; ΔΨ: mitochondrial membrane potential; FCCP: carbonyl cyanide-p-triﬂuoromethoxyphenylhydrazone; I, II, III, and IV
attribute to mitochondrial complexes; NAMPT: nicotinamide phosphoribosyltransferase; SOD1 or SOD2: superoxide dismutase 1 or 2;
GPX: glutathione peroxidase.

4. Mitochondrial Bioenergetics
Mitochondrial bioenergetics is important to evaluate the
pathogenesis of mitochondrial diseases including cancer.
Recently developed new techniques are implemented to
quantify mitochondrial function and cellular bioenergetics
in order to avoid issues associated with mitochondrial isolation or cell permeabilization [24]. The most commonly
utilized bioenergetics parameters (Figure 2), basal respiration, proton leak, coupling eﬃciency, maximal respiration,
respiratory control ratio, reserve respiratory capacity, and
nonmitochondrial respirations, are deﬁned herein in intact
cells to further understand the bioenergetics proﬁle of
mitochondria and its importance [24, 25]. Routine respiration in intact cells is termed as basal respiration, especially
by the Seahorse analyzer users. This artiﬁcially so-called basal
respiration depends on the cellular activity and substrate
supplied. Under physiological conditions, cells usually at
basal level require only a part of their total bioenergetics
capability. The portion of basal respiration inhibited by
oligomycin, the ATP synthase inhibitor, can be referred as

coupled respiration. The fraction of basal respiration that is
not coupled to ATP production is referred to proton leak.
Proton leak may forecast mitochondrial injury and may be
involved in the regulation of ATP production. The coupling
eﬃciency is calculated by the fraction of oxygen consumption
rates driven to produce ATP related to basal respiration. The
coupling eﬃciency varies with ATP demand. The maximal
oxygen consumption rate can be achieved by an uncoupler
(e.g., FCCP: carbonyl cyanide-p-triﬂuoromethoxyphenylhydrazone). An uncoupler stimulates the respiratory chain to
operate at maximum capacity and causes prompt oxidation
of substrates from sugar, fat, to amino acid. A titration of
an uncoupler is highly recommended in order to achieve
the optimum concentration necessary for the maximal
stimulation. Single dose of uncoupler in experiments may fail
to yield the estimation of maximal respiratory capacity.
Respiratory control ratio is deﬁned as the ratio of uncoupled
respiration and oligomycin-treated respiration rates. This
ratio depends on the substrate oxidation and proton leak; it
is not aﬀected by ATP turnover. One of the most important
bioenergetics parameters is “reserve respiratory capacity” or
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FCCP
Maximal respiration
Basal respiration

ATP-linked
respiration

Proton leak

Maximal respiration

Oligomycin

Reserve respiratory capacity

Reserve
respiratory
capacity

Basal respiration

Oxygen consumption rates

Rotenone/antimycin A

Nonmitochondrial respiration
Time
CLL lymphocytes
Normal B-lymphocytes

Figure 2: Bioenergetics proﬁle in normal B lymphocytes and primary CLL cells. General scheme of bioenergetics parameters during
mitochondrial stress test is shown. Sequential injections of oligomycin, FCCP, rotenone, and antimycin A measure basal respiration
(green), ATP-linked oxygen consumption (yellow), proton leak (pink), maximal respiration (orange), reserve respiratory capacity (gold:
maximal respiration—basal respiration), and nonmitochondrial respiration (blue). Dashed lines indicate OCR for the portion of each
deﬁned parameter. CLL, chronic lymphocytic leukemia lymphocytes, (black line) and normal B-lymphocytes (red line). The comparison
of mitochondrial of bioenergetics between CLL and normal B-lymphocytes shown in this ﬁgure is adapted based on the results
demonstrated by Jitschin et al. [29].

“spare respiratory capacity” to evaluate potential respiratory
capacity to scope the stressed conditions. It is calculated by
the diﬀerence between the maximal respiration achieved by
an uncoupler and the basal respiration. The respiration rate
after the addition of speciﬁc inhibitors of mitochondrial
complexes I and III, rotenone and antimycin A, respectively,
is nonmitochondrial respiration. It is subtracted from other
respiration rates in order to evaluate the accurate measure
of mitochondrial respiration.

5. Mitochondrial DNA and CLL
Through GWAS (genome-wide association studies), susceptibility genes were associated with apoptosis and the mitochondrial outer membrane which are important factors in
CLL pathophysiology [26]. Environmental exposure may
also play a role in its development [27], yet no true causative
agents have been identiﬁed. Interestingly, the mtDNA structure of patients with CLL is no diﬀerent from that of normal
individuals; however, it has been shown that an increase in
mtDNA copy number is associated with an increased risk
for the development of CLL [28]. Treatments may also interfere with mtDNA. The mtDNA analysis of 20 CLL patients
revealed that heteroplasmic mutations are signiﬁcantly more
frequent in CLL cells of treated patients compared to
untreated [19]. The ﬁndings in this study suggest that heteroplasmy mutations caused by the chemotherapy in primary
CLL cells are associated with increased ROS generation. This

may lead to further development of chemoresistance and
frequent relapses given the role of ROS in CLL.

6. Mitochondria-Derived ROS and Oxidative
Stress in CLL
Tumor cells as well as tumor-associated cells can generate
abundant ROS. However, the underlying mechanisms of
oxidative stress in cancer patients often remain ambiguous.
Mitochondrial respiration rate is increased in CLL cells,
and as a result, the levels of mitochondria-derived ROS are
higher in CLL cells than in normal B cells, and increased
oxidative stress can lead to chemotherapy resistance in CLL
cells [29]. A variety of antioxidant defenses, for example,
intracellular glutathione, glutathione peroxidase, glutathione
transferases, catalase, and superoxide dismutases: cytosolic
copper-zinc superoxide dismutase (Cu-Zn SOD) and
mitochondrial Manganese superoxide dismutase (MnSOD)
control ROS levels which enables cells to regulate normal
oxidative stress and to avoid excessive oxidative stress [30].
MnSOD plays an important role in metabolizing superoxides; therefore, the reduced MnSOD expression contributes
to increase mitochondrial ROS in CLL cells [29]. Increased
ROS through the inhibition of MnSOD was shown to induce
CLL cell death [31], while elevated ROS levels promote
genetic instability and mobilize cell-signaling [32, 33].
Oxidative stress also attenuates immune responses which
in CLL may lead to progressive infectious complications
and second malignancies [34]. Numerous recent studies
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suggested an interrelationship between tumor-speciﬁc
metabolism and excess of ROS. Tumor cells learn to adapt
to permanent oxidative stress. They sustain protective pathways [35] that favor resistance towards anticancer agents
[36, 37]. This is key in the behavior of CLL cells and their
ability to escape the beneﬁts of current chemotherapeutics.
It also enables novel strategies to be employed in the treatment of this incurable disease [10]. Recent studies suggest
that CLL cells adjust to their increased energy demands by
increasing their mitochondrial activity. Jitschin et al. found
that the number of mitochondria (demonstrated by electron
microscopy), the total mitochondrial mass, mitochondrial
biogenesis, mitochondrial bioenergetics (basal, maximal,
and ATP-linked respiration rates), mitochondrial membrane
potential, and mitochondria-derived ROS and oxidative
stress are increased in CLL cells compared to normal
B-lymphocytes [29]. There is possibility that certain drugs
can further enhance mitochondrial ROS and thereby overwhelm the cancer cells’ protective systems that could selectively impact CLL cells opposed to normal B-lymphocytes.

7. Importance of Mitochondria in CLL Cell
Survival and Microenvironment
The survival of a cell depends on its ability to meet its energy
requirements. Metabolic imbalances and augmented resistance to mitochondrial apoptosis are characteristics of cancer
cells. Even though there has been recent progress in the
understanding of molecular mechanisms in CLL, this disease
still remains incurable. Therefore, it is necessary to pinpoint
more elements that exclusively favor cell survival in order
to target them. The importance of mitochondrial biogenesis
and OXPHOS system has not been fully assessed yet. Subunits of mitochondrial complexes encoded by mtDNA are
crucial to maintain function of OXPHOS. Otto Warburg,
the famous German scientist, introduced the hypothesis that
cancer cells depend overwhelmingly on glycolysis rather than
OXPHOS for survival [38]. The glycolytic inhibitors as a
therapeutic target to control cell proliferation in various
cancers were not successful, even though malignant cells
are highly glycolytic. These ﬁndings suggest that the
Warburg hypothesis is not applicable to all malignancies.
However, recent ﬁndings revealed that some tumors
remarkably rely on OXPHOS for survival including CLL
[29, 39, 40]. Therefore, OXPHOS may be the potential
therapeutic target in order to arrest the uncontrolled proliferation of malignant cells.
The microenvironment for CLL cells is deﬁned as the
interactions between stromal cells and matrix [41]. The
communication between CLL and the microenvironment
aﬀects survival and proliferation of CLL cells and drug resistance that may be conferred by the remaining disease after
treatment. Even though drugs for CLL therapy available in
the market are eﬃcient in killing cells in vitro, the therapeutic
eﬃcacy rapidly declines in vivo due to the presence of stromal
cells [11]. Since the survival of CLL cells is aﬀected by
mitochondrial metabolism, mitochondria may have a role
on the conditions of the microenvironment in CLL cells
and contribute to drug resistance. The study performed by
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Li et al. identiﬁed perhexiline, a carnitine palmitoyltransferase inhibitor that abolishes the transport of fatty acid into
mitochondria and selectively kills CLL cells in the presence
of bone marrow stromal cells and in vivo [42]. This
demonstrates that by altering mitochondrial metabolism,
one can impact CLL cell survival and its interactions within
the microenvironment.

8. List of Therapeutic Compounds Targeting
Mitochondrial Bioenergetics, Redox
Pathways, and Cell Survival in CLL
Since CLL cells have an increased mitochondrial biogenesis,
such as increased mitochondrial mass and number, membrane potential, ATP production, mitochondrial DNA copy
numbers, mitochondrial bioenergetics proﬁle, and ROS,
these changes provide a possibility to preferentially target
CLL cell mitochondria to improve therapeutic selectivity
[19, 28]. Recent ﬁndings are described below (Table 1).
The polyphenolic compound, ellagic acid selectively leads
to apoptosis mediated by ROS overproduction in CLL cells
that directly targets mitochondria [43]. The antioxidant
and antiproliferative properties have been found in several
in vitro and small animal models [44, 45]. Ellagic acid can
induce apoptosis while increasing ROS production, mitochondria swelling, decrease in MMP resulting in cytochrome
c release, caspase 3 cleavage, and apoptosis in CLL cells.
Sodium dichloroacetate (DCA) exhibits anti-CLL activity
and is synergistic with the p53 activator nutlin-3 [46]. DCA
showed a dose-dependent anti-CLL eﬀect in both primary
CLL and CLL-like cell lines with a functional p53. At the
molecular level, DCA, via posttranscriptional modiﬁcations
of p53 protein and in the presence of nutlin-3, increased
expression of p53-target genes, particularly p21. Genetic
silencing of p21 signiﬁcantly rescued the DCA + nutlin3induced cell death phenotype. This study substantiates that
DCA needs to be further evaluated as a potential therapeutic
agent for CLL, likely in combination with other compounds.
CLL cells often acquire defects in p53 status and this becomes
a common mechanism of drug resistance, and the ability to
enhance and maintain p53 function would enable standard
chemotherapeutics, a continued role in CLL.
Acacetin (4′-methoxy-5,7-dihydroxyﬂavone), a natural
ﬂavone, can selectively induce apoptosis in CLL cells by
directly targeting mitochondria through increased ROS
production, loss of MMP, mitochondrial permeability transition pore, release of cytochrome c, and caspase 3 activation,
while non-CLL lymphocytes remain unaﬀected [47]. Oral
administration of acacetin showed potent anticancer activity
in CLL xenograft mouse models. This compound is attractive
because it does not belong to other classes of drugs that are
currently utilized in CLL therapy, and as a result, it may be
beneﬁcial as mechanisms of resistance emerge with novel
agents in CLL.
The antidiabetic drug metformin was found to inhibit the
mitochondrial respiratory chain and consequent OXPHOS
in human epithelial type 2 (HeP2) cells originated from
human laryngeal carcinoma and 143B cells from human
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Table 1: List of compounds targeting mitochondrial metabolism in CLL.

Compound
Ellagic acid (EA, 2,3,7,8-tetrahydroxychromeno[5,4,3-cde]chromene-5,10-dione)
Sodium dichloroacetate
Acacetin (4′-methoxy-5,7-dihydroxyﬂavone)
Metformin (1,1-dimethylbiguanide
hydrochloride)
2-Methoxiestradiol (2-ME)
β-phenylethyl isothiocyanate (PEITC)
FK866/APO866
Valproic acid (VPA)
Venetoclax (ABT-199)
ZGDHu-1 [N,N′-di-(m-methylphenyi)-3,6dimethyl-1,4-dihydro-1,2,4,5-tetrazine-1,4dicarboamide]
MCNA, metal-containing nucleoside
analogues
ROS inducible DNA crosslinking agents

Target

Possible mechanism

References

Antioxidant and antiproliferative
properties (inhibition of DNA binding
of certain carcinogens)
Pyruvate dehydrogenase kinase

↓ MMP, ↑ cytochrome c release,
caspase 3 activation, and apoptosis

[43]

Unknown
Energetic metabolism, cell proliferation
through AMPK-dependent and
independent mechanism
Superoxide dismutase inhibition

P53 activity
↓ MMP, ↑ cytochrome c release,
caspase 3 activation, and apoptosis
Apoptosis, inhibition of cell
cycle entry

BH3 mimetic, BCL-2-selective inhibitor

Apoptosis
↓ Glutathione, ↑ ROS,
oxidation of cardiolipin
NAD depletion, ↓ cell viability,
↑ ROS
↓ AKT and ATM activation
↑ ROS, ↑ Cytochrome c release,
activation of caspases
Apoptosis

Proteasome inhibitor

Apoptosis

Glutathione antioxidant system
NAMPT inhibition
Histone deacetylase inhibition

PARP-mediated cell death
DNA crosslinking coupled with H2O2

↓ OCR, rapid membrane
depolarization
Cytotoxic, tumor-speciﬁc damage

[46]
[47]
[54]
[55]
[56]
[57, 58]
[59]
[61]
[66]
[67]
[69]

↓: decreased; ↑: increased; MMP: mitochondrial membrane potential; ROS: reactive oxygen species; NAMPT: nicotinamide phosphoribosyl transferase;
AMPK: 5′ adenosine monophosphate-activated protein kinase; AKT: RAC-alpha serine/threonine-protein kinase; ATM: ataxia telangiectasia mutated;
BCL2: B-cell lymphoma gene 2; BH3: BCL2 homology domain 3; PARP: poly (ADP-ribose) polymerase; OCR: oxygen consumption rate.

bone osteosarcoma [48, 49]. Metformin decreases tumor
growth indirectly, that is, systematic eﬀect; it lowers glucose
and insulin or directly inhibits energetic metabolism and
cellular pathways involved in proliferation through AMPKdependent [50, 51] or AMPK-independent mechanisms
[52, 53]. This has also been studied in CLL, where
metformin-induced apoptosis in resting CLL cells and
inhibition of cell cycle entry when CLL cells were stimulated
by CD40-CD40L ligation (a mimic of the CLL microenvironment), while non-CLL lymphocytes remained unaﬀected at
the same doses [54]. This arrest in cell cycle was accompanied by decreased expression of proteins associated with
survival and proliferation and inhibition of signal transduction pathways responsible for CLL progression as well as loss
of intracellular glucose available for glycolysis. Given the
common use of metformin in patients in general, metformin
alone would not be eﬀective as a treatment for CLL in doses
that would be tolerable by patients. However, in drug combination experiments with ﬂudarabine or the BCL2 inhibitor
ABT-737, metformin enabled lower doses of each agent
studied to decrease the apoptotic threshold and potentiate
CLL cell death [54].
2-methoxiestradiol (2-ME), a reagent that inhibits
superoxide dismutase, induces apoptosis in leukemia cells
by free radical-mediated mechanism [55]. The cellular
production of O2− is necessary for the antileukemia activity
of 2-ME in vitro. Primary patient CLL cells demonstrate

heterogeneous levels of cellular O2−; however, leukemia
cells from previously treated patients had higher O2 levels.
As newer mechanisms of resistance and challenging tocxicities evolve with some of the newer agents, alternative
mechanisms of cell death need to be explored. Interestingly, CLL cells with high levels of superoxide were more
sensitive to 2-ME, and thus this may be an attractive
option for those patients who have failed previous therapies. In addition, CLL cells could be sensitized by the
use of exogenous ROS-generating agents, such as arsenic
trioxide in CLL cells with a low level of endogenous superoxide which were resistant to 2-ME to signiﬁcantly
enhance antileukemia activity. Thus, combination of ROSproducing agents and SOD inhibitors may provide a new
strategy to enhance therapeutic activity and overcome drug
resistance in CLL patients who have or have not been previously treated.
Fludarabine is the standard treatment for younger
patients with CLL. At the same time, ﬂudarabine resistance
is a common clinical dilemma. Fludarabine-resistant CLL
cells can be eliminated by β-phenylethyl isothiocyanate
(PEITC) through a redox-mediated mechanism [56]. However, sensitivity to PEITC was observed in ﬂudarabineresistant and ﬂudarabine-sensitive cells while non-CLL
lymphocytes were not. Exposure of CLL cells to PEITC
causes severe glutathione depletion, increased ROS, and oxidation of mitochondrial cardiolipin leading to cell death.
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This study demonstrates that PEITC via a redox-mediated
mechanism eliminates ﬂudarabine resistance with minimal
toxicity to normal lymphocytes. Given that current
ﬂudarabine-based treatments remain the standard of care in
young, ﬁt, low-risk patients, this agent warrants further
clinical evaluation to reduce toxicity and improve eﬃcacy
of ﬂudarabine-based regimes.
FK866/APO866, a nicotinamide phosphoribosyltransferase (NAMPT) inhibitor, mediates apoptosis in CLL cells
[57]. NAMPT is overexpressed in CLL cells versus nonCLL lymphocytes and thus an attractive target for CLLspeciﬁc cell death. FK866 induces CLL cell death by depleting
cellular NAD+ content at 24 hours along with loss of MMP,
ROS increase, and induction of apoptotic signaling within
48 hours. These on-target eﬀects were conﬁrmed by NADmediated rescue of NAD and ATP loss, apoptotic signaling,
and viability. Patients who had previously been treated with
ﬂudarabine were sensitive to FK866, and ﬂudarabine and
FK866 were synergistic at clinically relevant concentrations.
This paper suggests that FK866 enhance eﬃcacy and/or
allow dose reduction of standard chemotherapeutics for
improved tolerability. APO866 increases leukemia cell death
of cyclosporine-A by inducing mitochondrial and endoplasmic reticulum stress [58]. The combination of APO866
with Pgp (P-glycoprotein-1) inhibitors resulted in a synergistic combination in leukemia cells, while sparing normal
blood cells. Combining Pgp inhibitors with APO866 lead
to increased intracellular APO866 levels, compounded
NAD+ and ATP storage, and induced ΔΨm dissipation.
This suggests that selectively targeting NAMPT, an enzyme
upregulated in malignant B cells, oﬀers an avenue to utilize
and repurpose current treatment strategies and potentially
reduce toxicities for patients. The challenge with NAMPT
inhibitors in patients has been drug delivery by intravenous
infusion opposed to oral ingestion. A second oral NAMPT
inhibitor, GMX1778 is depicted along with FK866/APO866
at the site of complex I in Figure 1. This may improve the
uptake of this agent moving forward.
Valproic acid (VPA), a HDAC (histone deacetylase)
inhibitor, increases cell death in CLL-like cell lines. VPA
improves ﬂudarabine-induced apoptosis mediated by ROS
and involved decreasing AKT and ATM activation in Bcell lymphoid neoplastic cells [59]. This increased apoptosis resulted in the release of cytochrome c, activation of
caspases, and increased ROS generation. Combination of
VPA with ﬂudarabine treatment decreased both phosphorylated and total levels of AKT and ATM both key
proteins in CLL signaling and DNA damage, respectively.
VPA reduces ATM levels and induced ROS-dependent
cell death via the mitochondrial apoptotic pathway when
combined with ﬂudarabine. This suggests that HDAC
inhibitors could potentiate ﬂudarabine-based treatments
while limiting toxicity.
Venetoclax (ABT-199) is a BH3 mimetic and a speciﬁc
inhibitor to BCL2 that is currently approved for treatment
of CLL by the U.S. Food and Drug Administration (FDA)
for use in CLL patients who have received prior therapy
[60, 61]. Since BCL-2 is overexpressed in CLL, it blunts activation of the mitochondrial pathway to apoptosis and is thus
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required for CLL survival [62]. Venetoclax binds to BCL2,
thereby dislodging proapoptotic proteins, BAX and BAK
from their binding to BCL-2. This recently approved drug
further demonstrates the importance of mitochondrial
metabolism. This agent also has high rate of complete
responses, and 5% of study patients achieved minimal
residual disease negativity [63]. This occurs rarely with
tyrosine kinase inhibitors, further pointing to the importance of the mitochondria in CLL.
ZGDHu-1 [N,N′-di-(m-methylphenyi)-3,6-dimethyl-1,4dihydro-1,2,4,5-tetrazine-1,4-dicarboamide] is a proteasome
inhibitor and has been reported to exhibit antitumor activity [64, 65]. A study has recently been conducted to assess
whether this drug has a synergistic eﬀect with ﬂudarabine
and mediates apoptosis in CLL cells [66]. CLL cell-speciﬁc
apoptosis occurred through the mitochondrial pathway as
normal cells remained unaﬀected. Most importantly, a combination of ZGDHu-1 and a sublethal dose of ﬂudarabine
led to synergy. Notably, the rate of apoptosis caused by
ZGDHu-1 alone or in combination with ﬂudarabine did
not correlate with high-risk disease features. Therefore, the
use of ZGDHu-1 alone or in combination with ﬂudarabine
may further enhance treatment options for CLL patients.
This becomes important when thinking of ﬂudarabinebased therapies as it may improve the eﬃcacy and lower
the toxicity proﬁle of this drug.
Increased oxidative stress and altered mitochondrial
metabolism in CLL cells are associated with the lymphoid
oncogene TCL-1 (T cell leukemia 1). Prinz et al. demonstrated that organometallic nucleosides (MCNA, metalcontaining nucleoside analogues) induce nonclassical cell
death that is mitochondrial ROS dependent and facilitated
by TCL1 oncogene overexpression [67]. MCNA induced cell
death through PARP that was nonautophagic and nonnecrotic as well as caspase- and P53-independent. The authors
investigated how these aberrant redox characteristics and
bioenergetics of CLL are impacted by TCL1 and how targeting it could be exploited for therapy in the future. The TCL-1
transgenic mice have been characterized by Johnson et al. as a
suitable animal model for preclinical drug assessment tool in
human CLL [68]. These animals expressed relevant therapeutic targeted proteins with wild-type p53 status and
showed sensitivity in vitro to therapeutic agents generally
used in the treatment of CLL. This also enables a suitable
model for mitochondrial targeting in CLL.
ROS inducible DNA crosslinking agents are activated aromatic nitrogen mustards, the ability to crosslink DNA. DNA
inter-strand crosslinks are identiﬁed as one of principle
mechanisms for the cytotoxic eﬀect of many antitumor
drugs. These compounds exhibit very powerful crosslinking
abilities in the presence of H2O2 and provide a novel strategy
for tumor-speciﬁc damage. Primary CLL samples were more
sensitive (40–80% apoptosis) than non-CLL lymphocytes
from healthy donors [69]. They further demonstrated that
these compounds function through ROS-dependent mechanisms as NAC rescued the viability eﬀect and decreased
ROS generated in primary CLL cells. The data described in
this study provide an additional selective agent for development in CLL.
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9. Conclusion
Mitochondrial metabolism has only now become of interest
in the realm of cancer therapy. CLL is a disease that has many
mitochondrial metabolic dependencies. However, the nature
of metabolic networks that enable abhorrent cell proliferation, cell-cell communication, evasion of apoptosis, and drug
resistance remains poorly understood. The list of therapeutic
compounds described in this review implements a strong
suggestion that targeting mitochondrial bioenergetics and
metabolic alterations may provide a mechanistic explanation
for the growth advantage and apoptotic resistance of tumor
cells. In CLL patients, standard chemi-immunotherapy and
novel targeted agents continue to lead to treatment failures.
In order to best target this cancer, a multipronged treatment
strategy such as combinations with mitochondrial targeting
agents and currently approved treatments may enable a
chance at cure for a currently incurable cancer.
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Brusatol (BR) is a potent inhibitor of Nrf2, a transcription factor that is highly expressed in cancer tissues and confers
chemoresistance. UVA-generated reactive oxygen species (ROS) can damage both normal and cancer cells and may be of
potential use in phototherapy. In order to provide an alternative method to treat the aggressive melanoma, we sought to
investigate whether low-dose UVA with BR is more eﬀective in eliminating melanoma cells than the respective single
treatments. We found that BR combined with UVA led to inhibition of A375 melanoma cell proliferation by cell cycle arrest in
the G1 phase and triggers cell apoptosis. Furthermore, inhibition of Nrf2 expression attenuated colony formation and tumor
development from A375 cells in heterotopic mouse models. In addition, cotreatment of UVA and BR partially suppressed Nrf2
and its downstream target genes such as HO-1 along with the PI3K/AKT pathway. We propose that cotreatment increased
ROS-induced cell cycle arrest and cellular apoptosis and inhibits melanoma growth by regulating the AKT-Nrf2 pathway in
A375 cells which oﬀers a possible therapeutic intervention strategy for the treatment of human melanoma.

1. Introduction
Malignant melanoma (MM) is one of the most prevalent
cancers in the Western world and is a highly aggressive
dermatological malignancy associated with poor patient
prognosis. The majority of MM arise from congenital
melanocytic nevi or are due to a family history of MM;
however, in some cases, 50% MM can also be associated with
repeated intermittent sporadic ultraviolet (UV) exposure
[1, 2], mostly UVB radiation plays a dominant role in
the development of malignant melanoma, but the role of
UVA is still unclear and controversial [3].

The progressive accumulation of genetic and environmental alterations causes disruption of homeostatic pathways, resulting in tumor cell invasion and lymphatic or
haematogenous dissemination to distant sites [4]. In addition, B-Raf gene mutations are activated in 70% of human
malignant melanomas [4, 5]. Over the past decades, the
incidence of malignant melanoma is steadily rising [6].
Although signiﬁcant advances have been made in diagnosis
and treatment of MM, therapy resistance and metastasis are
still the major reasons for mortality of patients [7]. Recently,
some reports showed that Nrf2 expression in melanoma is
related to invasion thereby worsening melanoma-speciﬁc
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survival [8]. Furthermore, aberrant activation of Nrf2 has
been shown to be involved in chemoresistance and radioresistance of various malignant tumors, such as glioma and
gastric cancer [9–11]. Thus, it is highly desirable to investigate novel therapeutic strategies capable to enhance the
eﬃcacy of metastatic melanoma treatments with fewer side
eﬀects. Nrf2 suppression and subsequent low-dose UVA
irradiation might be a potential auxiliary regimen for melanoma (low dose of UVA has no carcinogenesis).
Nuclear factor E2-related factor 2 (Nrf2), a transcription factor belonging to the cap‘n’collar family of
leucine-zipper (b-ZIP) proteins, has been reported to play
an essential role in regulation of the cellular defense
against chemicals and oxidative stress [12, 13]. However,
Nrf2 is highly expressed in many cancer tissues, thereby
increasing an unwanted resistance against chemotherapy,
and might activate cell proliferation and suppress apoptosis [14, 15]. In addition, Nrf2 is activated by numerous
oncogenic signaling pathways such as the PI3K/protein
kinase B (Akt) pathway [16].
Under oxidative stress conditions including chemicals,
UV irradiation, and heat shock, Nrf2 binding to its upstream
keap1 (Kelch-like erythroid cell-derived protein with CNC
homology- (ECH-) associated protein 1) is disrupted and
leads to Nrf2 nuclear translocation and consequently activates expression of cytoprotective genes such as heme
oxygenase 1 (HO-1), NAD(P)H:quinone oxidoreductase-1
(NQO1), and glutathione S-transferase (GST) drug transporters to dissipate redox homoeostasis [17, 18]. Stable
activation of Nrf2 increased the resistance of human
breast adenocarcinoma and neuroblastoma against tertbutylhydroquinone (tBHQ) [19]. Conversely, suppression
of the Nrf2-mediated antioxidant defense system sensitizes
cancer cell to ionizing radiation and chemotherapeutic drugs
[17, 20, 21]. Furthermore, Nrf2 knockout mice signiﬁcantly
enhance the sensitivity to acetaminophen hepatotoxicity
[22], cisplatin-induced nephrotoxicity [23], and bleomycininduced pulmonary injury and ﬁbrosis [24]. Since Nrf2
hampers cancer cell treatment, it has been analyzed as a
promising drug target to combat chemoresistance [14, 19]
and, up to now, a few eﬀective Nrf2 inhibitors have been
reported [25].
BR is a quassinoid isolated from Brucea javanica plant
and has extensive pharmacological activities such as antimalarial, anti-inﬂammatory, and ant-tumor activity [26],
primarily due to induction of proliferation arrest and
activation of cell diﬀerentiation [27–29]. Recently, it was
reported that BR is a potent inhibitor of Nrf2 activation
thereby leading ultimately to tumor growth inhibition
and ameliorated chemoresistance as in case of cisplatin
[30–33]. We have found that RNA interference of Nrf2
in human skin ﬁbroblasts increases long wave UVA(320–400 nm) mediated damage [34], while Hirota et al.
showed that Nrf2−/− 3T3 mouse ﬁbroblasts exert increased
UVA-mediated apoptosis and necrosis [35].
Medium and high doses of UVA irradiation cause
oxidative stress, penetrate deeply into the dermis and subcutaneous layer [36, 37], and mediate oxidative damage to
biomolecules such as proteins, lipids, carbohydrates, and
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nucleic acids (DNA and RNA) through reactive oxygen species (ROS) triggered by endogenous photosensitization [38].
UVA exposure following 4-thiothymidine treatment
markedly increased cancer cell death [39], and reactive
oxidative stress inhibits distant metastasis of human melanoma cells [40]. Thus, UVA-mediated oxidative stress
oﬀers a potential source for a novel photochemotherapy.
Since BR is a speciﬁc inhibitor of Nrf2, downregulation of
its expression may potentiate the therapeutic eﬀect of phototherapy in combination with an Nrf2-inhibiting drug
such as BR. We therefore speculated that cotreatment of
UVA radiation and BR may have synergistic eﬀects in the
treatment of melanoma.
Using BR and low-dose UVA irradiation in A375 melanoma cells, we found that cotreatment (UVA + BR) inhibited
melanoma cell growth and proliferation both in vitro and
in vivo and induces cell apoptosis. Suppression of Nrf2
expression causes further accumulation of cellular ROS
following UVA irradiation, which in turn inhibits AKT
signaling. Our experiments revealed that cotreatment of
UVA and BR caused an inhibition of AKT-Nrf2 cascades
and reduced melanoma growth. Thus, this cotreatment can
be a novel therapeutic attempt to enhance the eﬀectiveness
of melanoma treatment with less or no side eﬀect compared
to existing treatment options.

2. Materials and Methods
2.1. Chemicals and Reagents. Dulbecco’s Modiﬁed Eagle
Medium (DMEM) high glucose, DMEM without phenol
red, and RPMI 1640 medium were obtained from Life Technologies (Gibco, USA). Fetal calf serum was purchased from
Biological Industries (BI, Israel). Penicillin and streptomycin
were obtained from North China Pharmaceutical Co. Ltd.
(NCPC, China). Dimethyl sulfoxide (DMSO) and 4,6-diamidino-2-phenylindole dihydrochloride (DAPI) were obtained
from Sigma. CellTiter 96 Aqueous One Solution Cell Proliferation Assay was obtained from Promega (USA). Nrf2 and
NQO1 primary antibodies were purchased from Santa Cruz
Biotechnology Inc. (USA). HO-1, GSTP, Bcl-2, Bcl-xL, Bax,
IκBα, COX2, caspase-3, caspase-7, caspase-8, caspase-9, and
PARP primary antibodies were obtained from Cell Signaling
Technology (CST, USA). β-Actin antibody was purchased
from Beijing Zhongshan-Golden Bridge Biological Technology (China). Annexin V-FITC Apoptosis Detection Kit was
obtained from Beyotime Institute of Biotechnology (China).
BR was purchased from Dingchen Technology (China).
2.2. Irradiation of Cells with UVA. UV light therapy system
(Lifotronic) 365 nm (peak) spectrum lamp was used to
irradiate cells (in PBS) following standard procedures, while
nonirradiated cells were used as a background control
(control = 0 kJ/m2). Following UVA irradiation, cells were
incubated in conditional medium for the required time.
2.3. Cell Lines and Cell Culture. Human malignant melanoma
A375 cell line was bought from Shanghai Cell Resource
Center (Chinese Academy of Sciences, China). HaCaT cells
were kindly provided by Dr. Rex M. Tyrrell (University of
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Bath, UK). Cells were cultured in DMEM (Gibco) high
glucose or RPMI 1640 (Gibco) supplemented with 10% FBS
(Biological Industries), 100 U/ml penicillin, and 150 U/ml
streptomycin. Cell cultures were incubated in a humidiﬁed
cell incubation chamber adjusted at 37°C with 5% CO2. BR
was dissolved in DMSO and further diluted by triple distilled
sterilized water, so that the DMSO content in cell culture
medium was not higher than 3%.
2.4. Cell Viability Assay. Cell viability was measured by the
3-(4,5-dimethylthiazol-2-yl)-5-(3-carboxymethoxyphenyl)-2(4-sulfophenyl)-2H-tetrazolium, inner salt (MTS, 3582,
Promega), which monitors cell growth in response to treatment at certain time points. A375 cells (3000 per well) were
seeded into 96-well plates and incubated overnight. Cells were
then treated with various concentrations of BR and UVA
alone or in combinations for times indicated. After that, cells
were washed twice with PBS and 100 μL MTS prepared in
10% DMEM was added and incubated for 2 hours to read
the OD values at 490 nm.
2.5. Western Blot Assay. A375 cells were cultured for 24–30 h
and treated with either UVA or BR or both for the indicated
times. After speciﬁc time points, treated/nontreated cells
were lysed in RIPA lysis buﬀer (Beyotime, P0013B). To detect
the phosphorylation status of various proteins, cell lysates
were prepared and extracted with SDS lysis buﬀer (Beyotime,
P0013G), in the presence of 1 mM phenylmethylsulfonyl
ﬂuoride (Beyotime, ST506). Protein concentrations were
measured by using the BCA protein assay kit (Beyotime,
P0010), and 50 μg protein per lane was separated by SDSPAGE and transferred to polyvinylidene diﬂuoride membranes (PVDF). After transfer, membranes were blocked
with 5% nonfat milk in TBST for 1 hour at 37°C and incubated with the respective primary antibodies overnight at
4°C. Membranes were washed three times with 1X-TBST
and incubated with horseradish peroxidase-conjugated secondary antibodies. The signals were recorded by ECL reagent
(Thermo Scientiﬁc) and visualized by VersaDoc imaging
system (Bio-Rad, USA).
2.6. Immunoﬂuorescence Staining with FITC and Costaining
with DAPI. Cells cultured in 24-well plates were washed
three times with PBS and ﬁxed with 4% formaldehyde
for 20 minutes, followed by permeabilization using 0.1%
Triton X-100 in PBS for 10 minutes. After washing with
PBS, cells were blocked with 1% BSA 20 minutes at room
temperature. The following operations were carried out in
the dark: to each well, 200 μl FITC (diluted to 1 : 30) was
added and incubated for 1 hour at room temperature.
After washing with PBS three times, 1 mg/ml DAPI (in
200 μl) was incubated for 20 minutes. After washing with
PBS twice, cells were mounted and analyzed under a
ﬂuorescence microscope.
2.7. Flow Cytometry and Cell Cycle Analysis. A375 cells were
treated with BR and UVA, and apoptotic cells were detected
using an Annexin V-FITC Apoptosis Detection Kit (Beyotime), followed by ﬂow cytometry. For cell cycle analysis,
A375 cells were treated with either BR or UVA or both, ﬁxed
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with 70% ethanol, incubated with propidium iodide (PI) and
RNase A mixture, and analyzed by ﬂow cytometry (Becton
Dickinson, USA).
2.8. Xenograft Assay in Nude Mice. Athymic nude (nu/nu)
mice were obtained from Chongqing Medical University. 4week-old male mice were injected with A375 cells (3 × 106
cells) in the right ﬂanks into the subdermal space. Tumor
volumes were estimated every other day by caliper measurements, and tumor volumes were calculated by the formula
(volume = tumor length in mm × width2 in mm × 0.5236).
Once tumors reached a mean volume of 30–50 mm3, mice
were randomly allocated into four groups and treated with
either DMSO or BR (2 mg/kg) or UVA (75 kJ/m2) and in
combination of BR and UVA every other day for seven days.
Mice were sacriﬁced, and tumors were dissected. Formalinﬁxed, paraﬃn-embedded tumor tissue sections were used
for IHC, whereas snap-frozen tissues were subjected to
Western blot analysis.
2.9. qRT-PCR. Incubation of A375 cells was performed with
UVA, BR, or both for times indicated. Treated cells were
lysed with TRIzol (Takara) for total RNA puriﬁcation.
Reverse transcription was performed using Go Script™
Reverse Transcription System (Promega). The qPCR analysis
was performed by using a RT2 SYBR Green/Fluorescein PCR
Master Mix (Promega) on an iQ5 real-time PCR system
(Bio-Rad) with oligonucleotide primer pairs to detect various
genes. All samples were normalized to GAPDH mRNA
levels, and relative mRNA expressions were analyzed using
2−△△Ct method as described previously [41].
2.10. Colony Formation Assay. A375 cells were plated at
densities of 500 cells per well in 6-well plates. After 24 hours
of incubation, cells were exposed to UVA (75 kJ/m2) and/or
BR (50 nM) and the colonies formed were photographed
after one week. Colonies were conﬁrmed only if a single clone
contained more than 50 cells. Fresh DMEM (10% FBS) was
replaced every 72 hours.
2.11. Statistical Analysis. All experiments were performed
three times in independent experiments to obtain reproducible results. Statistical data were subjected to analysis
of variance (ANOVA) following Tukey’s test to analyze
the diﬀerences. A P value of <0.05 was considered as
statistically signiﬁcant.

3. Results
3.1. Low-Dose UVA Modulates the Expression of Phase II
Detoxiﬁcation Enzyme. To explore the eﬀect of UVA on
growth of melanoma cells, A375 melanoma cells were treated
with diﬀerent doses of UVA. Low dose of UVA irradiation
did not signiﬁcantly aﬀect survival of cells at UVA doses of
up to 100 kJ/m2 (Figure 1(a)). Western blot results showed
that these doses of UVA irradiation induced the expression
of Nrf2, HO-1, and GSTP1 proteins, with slight induction
of NQO1 protein (Figure 1(b)). We chose the low dose of
75 kJ/m2 for the following experiments since cell survival at
this dose was not aﬀected but caused an increase in the
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Figure 1: Low-dose UVA can modulate the expression of phase II detoxiﬁcation enzymes. (a) A375 cells were plated overnight and irradiated
with diﬀerent doses of UVA, and cell survival was determined 24 hours after UVA irradiation. (b and c) Cells were treated with UVA
in the range of 0–100 kJ/m2 for 24 hours. Total cell extracts were prepared for 24 hours following UVA irradiation and subjected to
Western blot using antibodies for Nrf2, HO-1, NQO1, GSTP1, IκBα, COX2, NF-κB, and actin. We received a similar result in three
independent experiments.

protein levels of HO-1 and a slight increase of the GSTP1 and
NQO1 (Figure 1(b)).
Nrf2 and NF-κB are transcription factors. It was previously reported that Nrf2 and NF-κB simultaneously
accumulate in the cell nucleus and NF-κB (p65) antagonizes Nrf2-induced gene transcription [42]. Conversely,
some phase II-inducers (enzyme) activate the signaling
and inhibit NF-κB pathway [43]. To understand the relationship between Nrf2 and NF-κB in our experimental setup, we
analyzed the NF-κB signaling pathway by Western blot
assay. NF-κB and COX2 expression were slightly increased
following UVA irradiation in a dose-dependent manner
(Figure 1(c)). However, the levels of IκBα as NF-κB target
proteins were not aﬀected by UVA irradiation (Figure 1(c)),
indicating that this low-dose UVA irradiation does not
signiﬁcantly aﬀect the NF-κB signaling pathway.
3.2. BR Potentially Inhibits the Nrf2 Signaling Pathway. First,
we examined the eﬀect of BR on cell viability. A375 cells
were treated with a concentration range of BR (0–100 nM),
and the proliferation rates of A375 cell were slightly reduced
in a dose-dependent manner (Figure 2(a)). To conﬁrm

that BR inhibits the Nrf2 pathway in A375 cells, wholecell lysates were collected and protein expression levels
were determined by Western blotting after treatment with
BR. After 24 hours, BR caused a reduction of Nrf2 and
GSTP1 protein levels in a concentration-dependent manner,
whereas the levels of NQO1 remained relatively unchanged
(Figure 2(b), right).
A time course of BR (50 nM) treatment of A375 cells
showed an eﬀect on the Nrf2 pathway and revealed that
Nrf2 protein levels were signiﬁcantly decreased at 2, 4, and
24 hours following the addition of BR, with maximal reduction at 4 hours (Figure 2(b), left). Signiﬁcant changes in
downstream targets of Nrf2, that is, HO-1 and NQO1, were
not observed over the time course, whereas only a slight
reduction in GSTP1 was observed (Figure 2(b), left). Further,
we did not ﬁnd that 50 nM BR had an eﬀect on NF-κB
and IκBα, whereas the COX2 protein levels were slightly
increased compared to controls (Figure 2(c)). A previous
study demonstrated that BR induces activation of NF-κB in
HL-60 cell [44]. This diﬀerence in NF-κB activation is most
likely due to a cell line-speciﬁc eﬀect, and a concentration
of 50 nM BR is required for this eﬀect. These results suggest
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Figure 2: BR speciﬁcally inhibits the Nrf2 signaling pathway. A375 cells were treated with BR for 24 hours. (a) Cell survival was assessed using
an MTS assay. (b and c) Cells were treated with various concentrations of BR for 24 hours ((b), right; (c) right) or with 50 nM BR for diﬀerent
time interval as indicated ((b), left; (c) left). Total cell extracts were prepared and subjected to Western blot using antibodies for Nrf2,
HO-1, NQO1, GSTP1, IκBα, COX2, NF-κB, and actin. Data in (a) are shown as mean ± SD; ∗ P < 0 032. P values are based on control
versus treatment.

that the predominant eﬀect of BR in A375 cells is a potential
inhibition of the Nrf2 signaling pathway.
3.3. Cotreatment Increases Intracellular ROS Level and
Inhibits A375 Cell Growth and Proliferation. We hypothesize
that a relatively low-dose UVA irradiation of 75 kJ/m2

combined with 50 nM BR can aﬀect cell survival in A375
cells. Therefore, we addressed the question whether cotreatment with UVA and BR resulted in lower cell survival in conjunction with elevated intracellular ROS levels and hence an
increased sensitivity to BR treatment. Intracellular ROS levels
were measured in A375 cells using ﬂow cytometry. Low-dose

6
UVA-treated A375 cells displayed slightly increased ROS
levels compared to nontreated cells. Likewise, BR treatment
increased intracellular ROS levels slightly, so that cotreatment further increased ROS levels (Figure 3(c)). To determine the eﬃcacy of BR and UVA on cell growth, A375 cells
were treated with BR or UVA and cell proliferation were
counted by MTS. As shown in Figures 3(a) and 3(b), combination treatment signiﬁcantly suppressed cell proliferation.
We also check the proliferation marker Ki67 in BR- or
UVA-treated cells, and the results were similar as that for cell
survival (Supplementary Figure 1).
Furthermore, the cell cycle of A375 cells was analyzed by
ﬂow cytometry to examine whether cotreatment inhibits cell
proliferation by inducing a cell cycle arrest. UVA treatment
plus BR resulted in a marked increase in the percentage of
A375 cells in the G1 phase (Figures 3(d) and 3(e)). To
conﬁrm these results, we analyzed the mRNA levels of
cyclinD1, cyclinE2, CDK2, CDK4, and CDK6 which could
promote A375 cells to pass the G1 to S phase checkpoint.
We found that cyclinD1, cyclinE2, CDK4, and CDK6 were
reduced following UVA/BR cotreatment, while CDK2
expression was increased (Figure 3(f)) at gene expression
level, but this gene expression was diﬀerent in translational
level. Immunoblot assays revealed that cylinE2 and CDK2
were slightly decreased following UVA/BR cotreatment,
but no signiﬁcant change was seen in cyclinD1 expression
(Figure 3(g)). Collectively, these results suggest that UVA
is able to enhance BR-induced ROS levels and aﬀects cell
survival and the regulation of cell cycle-related proteins.
3.4. Cotreatment Blocks Nrf2 and AKT Signaling through
Enhanced Cell Apoptosis. To explore whether the observed
reduced cell viability of A375 cells was due to apoptosis,
A375 melanoma cells and HaCaT skin keratinocytes were
stained with Annexin V-FITC and PI and analyzed by ﬂow
cytometry. The results showed that HaCaT cells do not exert
signiﬁcant apoptosis after treatment with either BR alone or
cotreatment under this condition (Supplementary Figure 2).
In contrast, BR or cotreatment in A375 cells leads to signiﬁcant apoptosis detected 24 hours post treatment, with
a higher apoptosis rate in A375 cells after cotreatment
(Figures 4(a) and 4(b)). Furthermore, UVA/BR cotreatment
markedly suppressed protein levels of Bcl-2 and Bcl-xl and
increased the expression levels of Bax. Consistent with these
ﬁndings, UVA/BR cotreatment causes cleavage and activation of caspase-3, clearly indicating a marked increase in
apoptosis rate (Figures 4(c) and 4(d)).
To evaluate the eﬀect of cotreatment on the Nrf2 pathway in the presence of UVA, we performed immunoblot
assays to detect protein levels of Nrf2 and its downstream
genes. The expression levels of Nrf2, HO-1, and GSTP1
were decreased 24 hours following cotreatment compared
with UVA or BR single treatment (Figure 4(e)). In addition, we found that AKT phosphorylation at position
Ser473 was markedly reduced 24 hours after application
of UVA/BR, whereas total AKT was not signiﬁcantly
changed (Figure 4(e)). These results indicate that cotreatment in A375 inhibits/AKT signaling while inhibiting
Nrf2 expression. Similar results were obtained with
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camptothecin as another potential inhibitor of Nrf2 (data
not shown) [45, 46].
3.5. Combination Treatment Inhibited Tumor Growth in
Mice. Since the observed apoptosis induction by combined
treatment with UVA/BR occurs in melanoma cells, but not
in skin keratinocytes (HaCaT cells) under these conditions
(data not show), we addressed the question whether a
combination of UVA and BR can aﬀect cell proliferation in
melanoma-derived tumors in vitro and in vivo (Figure 5).
For assessment of tumor growth in vitro, a colony formation assay was performed. Both BR alone and in combination with UVA reduced the number of colonies formed,
while UVA has no signiﬁcant eﬀect on colony formation
(Figures 5(a) and 5(b)). To explore the eﬀect of UVA/BR
cotreatment on tumor growth in vivo, A375 xenografts were
grown in NOD/SCID mice as a heterotopic tumor model.
NOD/SCID mice were injected with A375 cells (3 × 106 per
injection site) to form a tumor. After 18 days, tumors reached
volumes of about 30 to 50 mm3 and UVA (75 KJ/m2) irradiation or BR (2 mg/kg) was administered intraperitoneally
every other day for 10 days [47]. Mice were covered with
silver paper, contact and irradiate the tumors using a UVA
lamp, and tumor growth was observed for 5 days after cessation of treatment. We observed a signiﬁcant inhibition
of tumor growth in vivo after cotreatment (Figures 5(c)
and 5(d)) that was signiﬁcantly higher than after single
treatments of the tumors. Moreover, in one out of four
cases treated with BR alone, a complete remission of the
tumor and in two cases after UVA/BR cotreatment was
observed. These observations demonstrate that cotreatment of melanoma-derived tumors reduced the tumor
growth in vivo.
3.6. UVA Enhances Nrf2 Knockout-Mediated Cell
Suppression. In addition to the pharmacological inhibition
of Nrf2 using BR, we examined the eﬀect of a genetic
knockout of Nrf2 in A375 cells using the CRISPR/Cas9
method. Cas9 plasmids that expressed Nrf2 gRNA sequences
against Nrf2 were used, and the clone number 1 identiﬁed
bearing the knockdown, and Nrf2−/− clone number 2 exhibited the most signiﬁcant reduction of Nrf2 protein expression
(Figure 6(a)). Therefore, subsequent experiments were performed with this cell clone named Nrf2−/− while Cas9 clones
of A375 cells were used as a control cell line for the knockout
cell line. First, we determined whether UVA enhances
intracellular ROS in A375 Nrf2 knockout cells leading to
increased sensitivity against UVA treatment. Furthermore,
we investigated intracellular ROS levels in Nrf2−/− cells
following UVA irradiation and observed increased ROS
levels compared to Nrf2−/− cells (Figure 6(b)).
To determine the eﬃcacy of UVA on cell growth in
Nrf2−/− cells, cells were treated with UVA (75 kJ/m2) and cell
proliferation was quantiﬁed by MTS (Figure 6(c)). UVA irradiation suppressed proliferation of Nrf2−/− cells at 48 hours
when compared to sham control, and the result of Nrf2−/−
number 1 similar to Nrf2−/− number 2 (Supplementary
Figures 3A and 3C). Furthermore, ﬂow cytometry was used
to examine whether UVA irradiation inhibits proliferation
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Figure 3: Cotreatment increases intracellular ROS level and inhibits A375 cell growth and proliferation. (a) A375 cells were treated with UVA
and BR for 24 hours. Cell morphology was observed, and cell survival analyses were performed by an MTS assay (b). Cell cycle analysis by PI
staining (d and e) and cell cycle-related genes cyclinD1, cyclinE2, CDK2, CDK4, and CDK6 were performed by qRT-PCR assay (f). (c) A375
cells were pretreated with BR for 2 hours prior to UVA exposure and were then irradiated with low-dose UVA (75 kJ/m2). ROS levels were
determined by ﬂow cytometry immediately following UVA irradiation. All data are shown as the mean ± SD; ∗ P < 0 05, ∗∗ P < 0 01, and
∗∗∗
P < 0 001. All P values are based on analysis control versus treatment.

of Nrf2−/− cells by inducing cell cycle arrest. Representative histograms and combined results are summarized
(Figures 6(d) and 6(e)). UVA treatment resulted in a
marked increase of the percentage of G1 phase in Nrf2−/−
cells at 48 hours (Figures 6(d) and 6(e)). To explore
whether the reduced cell viability was due to apoptosis,
Nrf2−/− cells were irradiated with UVA and ﬂow cytometer
analysis revealed no increase in apoptosis in Nrf2−/− cells
(Figure 6(f)). To further assess the eﬀect of UVA irradiation
on Nrf2−/− cell proliferation, a colony formation assay was
conducted. UVA irradiation has no eﬀect on colony formation in Nrf2−/− cells (Figure 6(g)), and we also get the similar
results in Nrf2−/− number 1 cell (Supplementary Figure 3B).
These results demonstrate that this dose of UVA mediates
cell suppression, but not apoptosis in Nrf2−/− cells. Previous
studies suggested that 150 kJ/m2 UVA irradiation induced
cell death in Nrf2-deﬁcient murine dermal ﬁbroblasts [33].
The diﬀerent results may due to a diﬀerence in UVA dose
(75 kJ/m2) applied in our study and to the variable UVA
response in diﬀerent cell lines.

4. Discussion
Nrf2 is a key player of the cellular defense against endogenous and exogenous chemical and oxidative insults. Exposure to chemicals may cause organ damage, so that the
lung, liver, and kidney are signiﬁcantly more aﬀected in
Nrf2 knockout mice than in their latter controls [48], hence
made them highly prone to develop oxidative damagerelated diseases and cancers. Moreover, Nrf2 has been
proposed as an eﬀective target for cancer chemoprevention
and chemoresistance due to its linkage to pathways such as
NF-κB pathway [49]. Recently, some studies reported that
BR provokes a rapid and transient inhibition of Nrf2 signaling and sensitizes hepatoma cells to chemical toxicity
[13]. As demonstrated, increased levels of Nrf2 contribute
to resistance in therapies (radio- and chemotherapy) in
breast and lung cancer [49]; on the contrary, inhibition
of Nrf2 may lead to enhanced eﬃcacy of photo- or

chemotherapy. In this study, we have shown that UVA
enhances BR chemosensitivity in an additive fashion and that
cotreatment inhibits cell proliferation and induces apoptosis
in vitro and ameliorates melanoma growth in vivo.
BR is a broad spectrum anti-inﬂammatory agent that
stabilizes lysosomal membranes, thereby reducing the release
of hydrolytic enzymes that cause damage to surrounding
tissues [50]. The anticancer properties of BR were demonstrated in lymphocytic leukemia, Ehrlich carcinoma, and
hepatoma [51–53] and are mainly due to a signiﬁcant
inhibition of chemoresistance-mediating Nrf2 gene and
the resulting downstream target genes, thereby sensitizing
tumor cells to chemo- and phototherapy [30, 31, 37]. Previously, it was reported that low concentrations of BR may
inhibit general protein synthesis, but more recently, it was
shown that BR acts as a Nrf2 pathway-speciﬁc inhibitor
when used in an upper nanomolar range [19, 48, 53].
Here, we also demonstrated that BR when used in A375 melanoma cells in a range of 10–100 nM, speciﬁcally downregulated the protein level of Nrf2 and its target genes. Despite a
moderate reduction of HO-1 and NQO1, we did not ﬁnd a
signiﬁcant eﬀect on the NF-κB and its target genes.
UVA can penetrate deeply into the subcutaneous layer
and primarily induces cellular responses through oxidative
stress (ROS) triggered by endogenous photosensitization of
the drug. UVA alone or in combination with photoreactive
drugs can lead to ROS-mediated damage of biomolecules
including DNA [54]. For instance, psoralen plus UVA
(PUVA), a nontoxic photoreactive drug, is activated by subsequent exposure to UVA light, which causes extensive DNA
damage leading to extensive tumor cell death, and clinically
used to treat psoriasis as well as head and neck cancers
[39, 55]. Recently, berberine has been reported to be a
photosensitive drug and can be used in photodynamic
therapy (PDT) to treat cancer cells, where the photosensitive
drug is activated upon exposure to UVA, causing massive
DNA strand breaks in tumor cells [56]. In addition, low concentration of S4TdR when combined with nonlethal doses of
UVA kills hyperproliferative or cancerous skin cells [39].
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Figure 4: Cotreatment inhibits Nrf2 and AKT pathways and leads to apoptosis in A375 cells. (a and b) A375 cells were treated with UVA and
BR for 24 hours before measuring apoptosis using Annexin V and PI in conjunction with ﬂow cytometry. (c and d) Whole-cell lysates from
A375 cells were prepared and subjected to immunoblotting using antibodies against Bcl-2 family proteins, PARP, cleaved caspase-3
(C-caspase3), caspase7, caspase8, and actin. Cells were treated with UVA, BR, or both for 24 hours or diﬀerent time intervals as
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based on the analysis of control tumors versus treated ones.

In this study, we found that cotreatment (UVA + BR)
elevated intracellular ROS and induced the Akt pathway
by inhibition of Akt phosphorylation at Ser473 [57].
The Akt/PI3K pathway forms an important component
of cell survival mechanisms [58, 59], and previous reports
demonstrated functional interactions with Nrf2 activation
[60–62]. Similarly, our results revealed that Akt phosphorylation was decreased with Nrf2 suppression in A375 cells
with cotreatment.
Previously, it was demonstrated that a decrease in
Nrf2 activity is associated with chemotherapeutic eﬃcacy
in mice after chronic administration of BR [30, 31]. We

found that either BR alone or in a regimen with UVA
and BR abolished the clonogenicity of melanoma cells.
The tumor xenograft experiments in nude mice revealed
that unlike cotreatment, treatment of either UVA or BR
alone has an inhibitory eﬀect on melanoma growth.
However, Zhang and colleagues found that cisplatin or
BR alone showed no signiﬁcant inhibition of tumor
growth in A549 xenografts. The diﬀerence in our results
may be due to the experimental conditions or in the cell
lines used.
We conclude that UVA/BR cotreatment inhibited melanoma cell growth and proliferation both in vitro and
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Figure 6: UVA irradiation leads to suppression of A375 Nrf2 knockout cells. (a) Western blot assay was used to analyze protein expression
levels of Nrf2 in A375 cells. (b) DCFH-DA-based ROS quantiﬁcation. (c) A375 Nrf2−/− irradiated with 75 kJ/m2 UVA, followed by MTS assay
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in vivo. Furthermore, we identiﬁed the AKT-Nrf2 pathway as
mechanistically relevant for the observed antitumor eﬀect of
UVA and BR when both are combined. Therefore, we propose the usage of UVA and BR in combination as a novel
treatment regimen for malignant melanomas thereby causing a prominent antitumor eﬀect via regulation of AKTNrf2 pathway (summarized in Figure 7).
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proliferation marker Ki67 and its expression in UVAand BR-treated cells for 48 hours. Supplementary Figure 2:
cotreatment has no eﬀect on keratinocyte apoptosis. (A and
B) Keratinocyte HaCaT cells were treated with UVA and
BR for 24 hours before measuring apoptosis using Annexin
V and PI in conjunction with ﬂow cytometry. Supplementary
Figure 3: UVA irradiation inhibited Nrf2−/− number 1 A375
cell proliferation. (A) A375 Nrf2−/− number 1 irradiated with
75 kJ/m2 UVA, followed by MTS assay. (B) Cell cycle-related
genes cyclinE2, CDK4, and CDK6 were performed by qRTPCR assay. (C) Colony formation was examined by staining
colonies with crystal violet. Colonies with more than 50 cells
were counted (n = 3). (Supplementary Materials)
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Development of cancer cell resistance against prooxidant drugs limits its potential clinical use. MCF-7 breast cancer cells
chronically exposed to ascorbate/menadione became resistant (Resox cells) by increasing mainly catalase activity. Since catalase
appears as an anticancer target, the elucidation of mechanisms regulating its expression is an important issue. In MCF-7 and
Resox cells, karyotype analysis showed that chromosome 11 is not altered compared to healthy mammary epithelial cells. The
genomic gain of catalase locus observed in MCF-7 and Resox cells cannot explain the diﬀerential catalase expression. Since ROS
cause DNA lesions, the activation of DNA damage signaling pathways may inﬂuence catalase expression. However, none of the
related proteins (i.e., p53, ChK) was activated in Resox cells compared to MCF-7. The c-abl kinase may lead to catalase protein
degradation via posttranslational modiﬁcations, but neither ubiquitination nor phosphorylation of catalase was detected after
catalase immunoprecipitation. Catalase mRNA levels did not decrease after actinomycin D treatment in both cell lines. DNMT
inhibitor (5-aza-2′-deoxycytidine) increased catalase protein level in MCF-7 and its resistance to prooxidant drugs. In line with
our previous report, chromatin remodeling appears as the main regulator of catalase expression in breast cancer after chronic
exposure to an oxidative stress.

1. Introduction
Catalase mainly catalyzes the dismutation of hydrogen peroxide (H2O2) into water and molecular oxygen. This antioxidant enzyme is expressed in all major body organs especially
in the liver, kidney, and erythrocytes. In these organs, catalase plays an essential role in cell defense against oxidative
stress [1, 2]. A decrease in catalase activity is thus frequently
associated with several diseases. For instance, some polymorphisms into the promoter or introns of the catalase gene are
involved in diabetes, hypertension, vitiligo, Alzheimer’s disease, and acatalasemia [3, 4]. Interestingly, catalase is also

frequently downregulated in tumor tissues compared to normal tissues of the same origin [5–7]. In this context, when
compared to their normal healthy counterparts, we have
reported a severe decrease of catalase activity in TLT cells, a
murine hepatocarcinoma cell line [8]; in K562 cells, a human
chronic myeloid leukemia cell line [9]; and in MCF-7 cells, a
human breast carcinoma cell line [10]. These observations
are consistent with the study of Sun et al., who showed that
immortalization and transformation of mouse liver cells with
SV40 virus results in a decrease in catalase activity, which
contributes to oncogenesis by increasing reactive oxygen species (ROS) level in transformed cells [11]. The mechanisms
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controlling the transcription of catalase gene are poorly
understood, and diverse mechanisms have also been proposed to regulate catalase expression [3].
We explored a potential role of catalase during the acquisition of cancer cell resistance to chemotherapeutic agents.
To this end, we overexpressed human catalase in MCF-7
breast cancer cells. No particular resistance against conventional chemotherapies like doxorubicin, cisplatin, and paclitaxel was observed in cells overexpressing catalase, but they
were more resistant to prooxidant therapies [12]. Furthermore, we generated a resistant cell line by chronic exposure
of MCF-7 cells to an H2O2-generating system, namely, the
ascorbate/menadione (Asc/Men) combination. Catalase was
overexpressed in resistant-Resox cells when compared to
parental MCF-7 cells [13, 14]. In these cells, transcription
factors (i.e., RARα and JunB) and other proteins belonging
to coactivator or corepressor complexes (i.e., HDACs) aﬀect
chromatin remodelling and lead to the activation or repression of catalase gene [10].
Additional regulatory levels clarifying this altered catalase expression in cancer cells were also explored. Since
ROS induce DNA lesions, we were interested to know
whether a potential role of DNA repair pathways may have
an impact on the regulation of catalase expression. Genetic
alterations such as loss of heterozygosity or ampliﬁcation of
the catalase gene locus, although very rare, were investigated.
Both posttranscriptional and posttranslational catalase modiﬁcations were also analysed regarding putative alterations
of protein stability. Finally, since gene transcription is also
regulated by chromatin modulation due to histone acetylation or DNA methylation, these epigenetic marks were also
investigated as potential modulators of altered catalase
expression in breast cancer cells.

2. Materials and Methods
2.1. Cell Lines and Chemicals. MCF-7 cells were purchased at
ATCC (Manassas, VA, United States). An MCF-7 cell line
resistant to oxidative stress (namely Resox cells) was generated by chronic exposure of cells to increasing concentrations
of the prooxidant combination of ascorbate/menadione
(Asc/Men) for 6 months, starting with 0.5 mM ascorbate/
5 μM menadione to a ﬁnal concentration of 1.5 mM ascorbate/15 μM menadione. Cells were ﬁrst treated at 50%
conﬂuence by replacing their media with fresh media containing Asc/Men. When surviving cells reached 50% conﬂuence, they were washed with warm PBS and treated again
[13]. To avoid the development of islets of resistance, which
could arise from cooperation between cells, the cells were
trypsinized every 2 weeks and subcultured into new ﬂasks.
After selection, the cell line was stabilized in drug-free
medium for 1 month. Cells were kept in DMEM medium
supplemented with 10% foetal calf serum, in the presence
of penicillin (100 U/ml) and streptomycin (100 μg/ml) from
Gibco (Grand Island, NY, USA). Human mammary epithelial cells 250MK were provided by Dr. M. Stampfer and
Dr. J.C. Garbe (Lawrence Berkeley National Laboratory,
Berkeley, California, USA). They were maintained in a
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M87A + CT + X medium and used between passages 8 and
10 [15].
Sodium ascorbate, menadione sodium bisulﬁte, MG132,
actinomycin D, and 5-aza-2′-deoxycytidine were purchased
from Sigma (St. Louis, MO, USA).
2.2. Conventional Cytogenetic Analysis. Metaphase chromosomes were obtained according to standard protocols from
the diﬀerent cell lines [16]. Brieﬂy, cultured cells, in exponential growth phase, were treated for 4 h with 0.02 μg/ml of Colcemid (Invitrogen). Harvested cells from the ﬂasks after
trypsinization were incubated for 30 minutes at 37°C in
hypotonic 0.055 M KCl and ﬁxed in a 3 : 1 methanol : glacial
acetic acid solution. Chromosome harvesting and metaphase
slide preparation were performed according to standard procedures [16–18]. Twenty Reverse Trypsin Wright (RTW)
banded metaphases were analysed and karyotypes were
reported according to the last 2013 International System for
Human Cytogenetics Nomenclature (ISCN 2013).
2.3. Fluorescence In Situ Hybridization (FISH). Speciﬁc BAC
RP11-964L11 (catalase/11p13; stained with Cy3: red spots)
and RP11-90K17 (control/11q14; stained with FITC: green
spots) probes from the UCSC (http://genome.ucsc.edu)
databases were obtained from the BACPAC Resources
Centre at the Children’s Hospital Oakland Research Institute
(Oakland, CA, USA).
The FISH (ﬂuorescence in situ hybridization) assay was
carried out on nuclei and metaphases from ﬁxed pellet of cell
as previously described [19]. All hybridized metaphases were
captured on a Zeiss Axioplan 2 microscope (Zeiss, Zaventem,
Belgium) and analysed using the Isis software (Metasystems,
Altlussheim, Germany).
2.4. Immunoblotting. The procedures for protein sample
preparation from cell cultures, protein quantiﬁcation, immunoblotting, and data analyses were performed as previously
described [12, 14]. Antibody against catalase (#AB1212)
was obtained from Millipore (Merck KGaA, Darmstadt,
Germany); antibodies against c-abl (#sc-23) and p53 (#sc126) were from Santa Cruz Biotechnology (Santa Cruz, CA,
USA); antibodies against phosphocatalase Y385 (#ab59429)
and β-actin (#ab6276) were from Abcam (Cambridge,
UK); antibodies against phospho-Chk2 T68 (#2661) and
phospho-p53 S15 (#9284) were from Cell signaling (Beverly,
MA, USA); and antibody against Flag (#F3165) was from
Sigma (St. Louis, MO, USA). Protein bands were then
detected by chemiluminescence, using the ECL detection
kit (Pierce, Thermo Scientiﬁc, Rockford, IL, USA). When
appropriate, bands obtained via Western blot analysis were
quantiﬁed, using ImageJ software (http://rsb.info.nih.gov/ij/).
Protein expression was normalized to that of β-actin.
2.5. Real-Time PCR. Total RNA was extracted with the TriPure reagent from Roche Applied Science Diagnostics
(Mannheim, Germany). Reverse transcription was performed using SuperScript II RNase H- reverse transcriptase
and random hexamer primers (Invitrogen, Grand Island,
NY, USA). Sybr Green Supermix (BioRad, Hercules, CA,
USA) was used for qRT-PCR. All Primers sequences were
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designed from Sigma (St. Louis, MO, USA) and provided in
Table S1. The samples were incubated 5 min at 95°C, 40
cycles of 10 s at 95°C and 30 s at 60°C, and followed by a melting curve. The ﬂuorescence in the samples was measured
after each cycle in a Bio-Rad IQ5 thermocycler (Bio-Rad,
Hercules, CA, USA). The results were calculated from
the following calculation: 2−(Ct target gene − Ct EF1) and matched
to the control samples.
2.6. Ubiquitination and Phosphorylation Assays. Cells were
transiently transfected, at 50% conﬂuence, with 1 μg of plasmid pcDNA3 coding an ubiquitin-Flag fusion protein, a kind
gift from Prof. J-B. Demoulin (UCL, Brussels, Belgium).
Twenty-four hours posttransfection, cells were treated with
25 μM MG132 for 5 h. Cells were washed twice with icecold PBS and then resuspended in the lysis buﬀer in the presence of proteases (Protease Inhibitor Cocktail, Sigma, St.
Louis, MO, USA) and phosphatase inhibitors (Phosphatase
Inhibitor Cocktail, Calbiochem, Merck KGaA, Darmstadt,
Germany). Cell lysates were immunoprecipitated in columns
containing catalase antibody (AB1212, Millipore), using
coimmunoprecipitation kit from Pierce (Rockford, IL,
USA). Eluates were then tested by immunoblotting.
2.7. MTT Assay. The eﬀects of Asc/Men after incubation with
DNMT inhibitor on cell metabolic status were assessed by
following the reduction of MTT (3-(4,5-dimethylthiazolyl2)-2,5-diphenyltetrazolium bromide) to blue formazan [20].
Blue formazan crystals were solubilized with DMSO and
the coloured solution was subsequently read at 550 nm.
Results are expressed as % of MTT reduction compared to
untreated control conditions.
2.8. Statistics. All experiments were performed at least in
triplicates. Groups were analysed using unpaired t-test performed with GraphPad Prism software (San Diego, CA,
USA). The level of signiﬁcance was set at p < 0 05.

3. Results and Discussion
3.1. Is a Genomic Gain of Catalase Locus in Breast Cancer Cell
Lines Responsible for Catalase Overexpression in Resistant
Cells? Since the human catalase gene is located on the short
arm of chromosome 11 (11p13) [21] and deletion of this
chromosomal region is generally associated with a decrease
of catalase activity, we ﬁrst focused on genetic alterations,
an important hallmark of cancer. Interestingly, the deletion
of chromosome 11p is frequently observed in later passages
of SV40-transformed human ﬁbroblasts and correlated
with a low catalase activity [22]. Such alteration may occur
in children aﬀected by WAGR syndrome, a rare genetic
disease in which the aﬀected children are predisposed to
develop Wilms’ tumor (tumor of the kidney), aniridia
(absence of the iris), gonadoblastoma, and mental retardation [23–29]. This chromosomal region was altered in the
breast cancer cell lines, but karyotypes showed that chromosome 11 was not altered in MCF-7 and Resox cells compared
to healthy 250MK, a human epithelial mammary cell line
(Figure 1(a)). The complete karyotype analyses of these three
cell lines have been previously published [13].
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Loss of alleles (i.e., loss of heterozygosity) of catalase gene
was also observed in non-small-cell lung cancer and was
associated with a decrease of catalase activity [30–32]. On
the contrary, gain of catalase gene copy number and ampliﬁcation of chromosome 11p can also explain an increased
expression of catalase. This phenomenon has been observed
in HL-60 cell lines rendered resistant to H2O2. These cells
were more resistant because they have an enhanced catalase
activity that correlated with an increase of gene copy number
from two to eight times higher than in parental cell line [33].
We have thus investigated a potential loss of heterozygosity or a genomic gain by performing hybridization of catalase
and control FISH probes on metaphases. The catalase and
control FISH probes were controlled in human lymphocytes
(data not shown) and normal mammary epithelial 250MK
cells (Figure 1(b)). We observed two red (catalase locus)
and two green spots (control) localized on the two chromosome 11. A genomic gain of catalase locus was observed in
MCF-7 and Resox cell lines compared to 250MK cells: we
counted 3 catalase spots, two localized on the two normal
chromosome 11 and one localized on an unidentiﬁed chromosome (Figures 1(c) and 1(d)). However, the number of
catalase loci remained similar in these two cell lines. For
Resox cells, one subclonal population was characterized by
6 red spots and two-fold chromosome number (not shown)
corresponding to 20% of total Resox population. We can
conclude that this genomic gain of chromosome 11p13 is
not involved in mechanisms leading to catalase overexpression in Resox cells.
3.2. Are Proteins of DNA Damage Pathway Involved in
Catalase Expression of Breast Cancer Cells? Since the karyotypes were altered in breast cancer cell lines [13] and ROS
induce DNA damage, we investigated whether the activation
of DNA repair system may inﬂuence the regulation of catalase expression. To our knowledge, a putative link between
this repair system and antioxidant enzyme expression as a
possible response against ROS-mediated DNA damage has
not yet been investigated.
Three diﬀerent kinases, namely, DNA-PK (DNA-activated protein kinase), ATM (ataxia telangiectasia mutated),
and ATR (ataxia telangiectasia and Rad3 related), are activated when the DNA is damaged leading to the activation
of proteins involved in DNA repair [34, 35]. These pathways induced a cascade of protein kinases such as Chk1
and Chk2 (checkpoint kinases), which activate protein
p53 inducing γ-histone H2AX phosphorylation. Neither
p53 nor ChK2 proteins appeared activated in Resox cells
(Figures 2(a) and 2(b)), whereas a strong activation was
observed in control MCF-7 cells incubated with Asc/Men
(Figure 2(a)). Moreover, among the mRNA levels of the
diﬀerent kinases involved in the signaling cascade, only a
slight increase of Chk1 mRNA level was observed in Resox
cells (Figure 2(c)).
The protein c-abl (Abelson murine leukemia viral
oncogene homolog 1) is also induced during the activation
of DNA damage pathway [36]. Cao et al. demonstrated
that c-abl is capable of phosphorylating catalase leading
to its subsequent ubiquitination and degradation by the
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Figure 1: Genomic gain of catalase locus in breast cancer cell lines is not responsible for catalase overexpression in resistant cells. (a)
Karyotypes: chromosome 11 of human normal epithelial cells (250MK) and breast cancer cell lines. (b) Hybridization of catalase (red
spots) and control (green spots) FISH probes on metaphases of 250 MK cells. (c) MCF-7 and (d) Resox cells.

proteasome [37, 38]. Interestingly, c-abl mRNA and protein
levels were decreased in Resox cells compared to MCF-7 cells
(Figures 2(d)–2(f)).
Altogether, these results show that DNA damage pathway is not the cause of catalase overexpression in Resox cells,
but posttranslational modiﬁcations mediated by c-abl might
occur on catalase protein.
3.3. Are Catalase Covalent Modiﬁcations Occurring in Breast
Cancer Cells? Various posttranslational modiﬁcations such as
phosphorylation, ubiquitination, acetylation, glycosylation,
and covalent binding with other proteins (i.e., p53, Atm)
have been reported to modulate both catalase expression
and activity at diﬀerent levels [37–43]. The half-life of catalase is generally high, reaching more than 3 days [44–46].
When cells are under oxidative stress conditions, c-abl
and c-abl-related gene (Arg) tyrosine kinases are able to
phosphorylate catalase at Tyr231 and Tyr386 [37, 38]. The
phosphorylated enzyme is subsequently ubiquitinated and
degraded by the proteasome. It appears that a physical interaction exists between these kinases and catalase, as demonstrated by immunoprecipitation assays performed in cancer
cells and KO MEF (mouse embryonic ﬁbroblast) for the

kinases. Furthermore, two proteasome inhibitors, namely,
MG132 and lactacystin, also restored catalase expression in
these cells [37, 38].
Catalase posttranslational modiﬁcations were analysed in
our breast cancer cells model. The MG132 proteasome inhibitor did not modify catalase expression in MCF-7 and Resox
cells (Figure 3(a)). Finally, catalase phosphorylation did not
appear to play a role as a main covalent modiﬁcation. Indeed,
neither ubiquitination nor phosphorylation of catalase was
detected after catalase immunoprecipitation (Figure 3(b)),
although c-abl protein level was decreased in Resox cell
line (Figure 2(e)).
3.4. Are Posttranscriptional Modiﬁcations Playing a Role in
Catalase Overexpression in Resox Cells? The expression of
catalase expression can also be regulated at the RNA level.
The catalase gene possesses a 3′ ﬂanking region with T-rich
clusters and CA repeats that are susceptible to be regulated
by some redox-sensitive proteins, which bind catalase mRNA
and enhances translation [47]. Some unidentiﬁed proteins
could bind to the 5′UTR (untranslated region) of the catalase
mRNA to accelerate the transcriptional rate, as has been
observed in cancer PC12 cells exposed to H2O2 [48].

Oxidative Medicine and Cellular Longevity
A/M

5
MCF-7

Resox
1.5

Protein levels

P-ChK2 Thr 68
P-p53 Ser 15
p53
Actin

1.0

0.5

0.0

p53

P-p53

P-Chk2

MCF-7
Resox
(a)

⁎
c-abl mRNA level

1.5
mRNA levels
(Resox versus MCF-7)

(b)

1.5

1.0

0.5

0.0

Atm

Atr

Chk1

1.0
⁎⁎⁎
0.5

0.0

Chk2

MCF-7

(c)

Resox
(d)

MCF-7

Resox

c-abl

c-abl protein level

1.5

1.0
⁎⁎
0.5

Actin
0.0
(e)

MCF-7

Resox
(f)

Figure 2: DNA damage pathway did not enhance catalase expression in breast cancer cell lines. (a and b) Immunoblotting and protein
quantiﬁcation of p53, P-p53, and P-Chk2 in breast cancer cells. Ascorbate 1 mM/menadione 10 μM (A/M) for 2 h is used as a positive
control to induce DNA damage. (c) mRNA levels of the diﬀerent kinases activated during the DNA damage pathway. (d) c-abl mRNA
level in both MCF-7 and Resox cells. (e and f) Immunoblotting and protein quantiﬁcation of c-abl in breast cancer cells. Data are mean ±
s.e.m. Groups were compared using unpaired t-test. ∗ p value <0.05; ∗∗ p value <0.01; ∗∗∗ p value <0.001.

The microRNA miR-451 can also modulate and enhance
catalase expression by suppressing the protein 14-3-3ξ, an
inhibitor of the FoxO3a (forkhead box O3a) pathway,
thereby protecting cells against oxidant drugs [49], but this
transcription factor appears to not play a critical role in our
models [14]. Moreover, microRNA miR-30b can bind
directly to the 3′UTR region of the catalase mRNA, on a conserved site across several species. Mimics of miR-30b can
drastically decrease the catalase protein level in human retinal pigment epithelial cell ARPE-19 [50].
In a MCF-7 cell line rendered resistant to H2O2 and as a
result overexpressed catalase, a treatment with actinomycin
D (an inhibitor of the transcription) induces a delay in the
degradation of catalase mRNA [51]. As previously shown,

Resox cells have more mRNA than MCF-7 suggesting that
mRNA stability in the former cells might be higher than in
MCF-7 cells [10]. However, the levels of catalase mRNA
did not decrease after 6 hours of actinomycin D incubation
in both cells (Figure 4(a)).
3.5. DNA Methyltransferase Inhibitor Increases Catalase
Protein Level in MCF-7 Cells. Since the transcription of a
gene can be regulated by chromatin remodelling due to histone acetylation or DNA methylation, the importance of
these mechanisms for the expression of catalase in cancer
cells has been raised. In this context, epigenetic changes
were proposed to regulate catalase expression in acute
myelogenous leukaemia resistant to doxorubicin (AML-2/
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Figure 3: Catalase is neither phosphorylated nor ubiquitinated in breast cancer cells. (a) Catalase protein levels were measured after 5 h
incubation with proteasome inhibitor MG132 in both MCF-7 and Resox cells. (b) Immunoprecipitation (IP) with anticatalase antibody
and immunoblotting (IB) with anti-Flag, antiphosphocatalase, and catalase antibodies. Prior IP, cells were transfected with a plasmid
pcDNA3 (1 μg) coding an ubiquitin-Flag for 72 h.

DX100 cells), which exhibit less catalase activity compared to
their parental cell lines [52]. Indeed, both Trichostatin A
(TSA), an inhibitor of histone deacetylases (HDAC), and 5aza-2′-deoxycytidine, an inhibitor of DNA methylation,
increase the protein levels of catalase in the AML-2/DX100
cells. These data were then conﬁrmed by chromatin immunoprecipitation and sodium bisulﬁte sequencing assays. The
results suggested a hypoacetylation of histones H4 but not
H3. DNA hypermethylation on the catalase promoter in
AML-2/DX100 cells was also observed [52]. We have also
described the acetylation of histones (at least histone H4),
leading to an opening repression of chromatin structures
near −1518/−1201 promoter region in MCF-7 cells [10], as
shown by ChIP (chromatin precipitation) assays.
DNA methylation is also involved in the regulation of
catalase. Indeed, speciﬁc CpG islands in the human promoters of catalase and Oct-1 (octamer-binding transcription
factor 1: an inducer of catalase gene transcription) genes were
methylated in human hepatocellular carcinoma cell line after
H2O2 treatment. This is in good correlation with a decreasing
catalase expression in this model [53, 54]. In this particular
type of cancer, the catalase promoter is hypermethylated
in the tumor itself but not in the neighbouring tissues
[55]. On the contrary, DNA hypomethylation of the catalase gene is frequently observed in colon tumors whereas
few modiﬁcations of DNA methylation are observed in
breast adenocarcinoma compared to normal breast tissues. In the studies where a change in the DNA methylation pattern was observed, DNA hypomethylation and
hypermethylation occurred only around the exon 2 of
the catalase gene [55, 56].
We have thus explored the possibility that DNA methylation may regulate catalase expression in our cellular models.

The DNA methyltransferase (DNMT) inhibitor, 5-aza-2′
-deoxycytidine, tends to increase catalase protein level in
MCF-7 and not signiﬁcantly in Resox cells (Figures 4(b)
and 4(c)). Moreover, MCF-7 cells became more resistant to
prooxidant drugs (Asc/Men) after preincubation with the
DNMT inhibitor (Figures 4(d) and 4(e)). Once again, our
results demonstrate a potential role of chromatin remodelling in the regulation of catalase expression during cancer cell
resistance acquisition to a chronic prooxidant treatment.
Consistent with our previous study, methyl CpG-binding
proteins (i.e., MECP2) and DNMT (i.e., DNMT1) were
identiﬁed by AP-MS (aﬃnity puriﬁcation followed by mass
spectrometry) analyses and interact with −1518/−1200
promoter region of catalase gene in MCF-7 cells [10].
Altogether, it suggests that DNA methylation and posttranslational modiﬁcations of histones are events associated to repress the transcription of catalase gene. In a
panel of 12 cancer cell lines treated with TSA, we conﬁrmed that chromatin remodelling is not a general regulatory mechanism in cancer cells but another breast cancer
cell line, an estrogen receptor-negative MDA-MB-231 cell
line, also showed increased catalase protein level when incubated with HDAC or RARα (retinoic acid receptor alpha)
inhibitors [10]. Moreover, RARα overexpression decreased
drastically the expression of catalase and histone acetylation
was not detected on the catalase promoter by ChIP assay in
MDA-MB-231 cells [data not shown], suggesting a similar
mechanism regulating catalase expression in these breast
cancer cells. In this context, we have recently reported that
targeting the redox status of cancer cells by modulating catalase expression is emerging as a novel approach to potentiate
chemotherapy [57]. Modifying epigenetic changes such as
histone acetylation or DNA methylation in breast cancer cells
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Figure 4: Evaluation of mRNA stability in MCF-7 and Resox cells. DNA methyltransferase inhibitor 5-aza-2′-deoxycytidine tends to increase
the levels of catalase protein level in MCF-7 cells. (a) Catalase mRNA levels were measured in MCF-7 and Resox cells after 2, 4, and 6 h of
actinomycin D treatment (10 μg/ml). (b and c) Immunoblotting and protein quantiﬁcation of catalase, after 72 h incubation with 1 μM of
5-aza-2′-deoxycytidine (Aza-DC). (d and e) Cells were prior incubated with 1 μM of 5-aza-2′-deoxycytidine for 72 h, then with various
concentrations of ascorbate (Asc, mM) and menadione (Men, μM). Cell survival was measured by MTT assay. Data are mean ± s.e.m.
Groups were compared using unpaired t-test. ∗ p value <0.05; ∗∗ p value <0.01.

will thus dramatically alter the expression of various genes
including catalase, thus sensitizing cells to prooxidant chemotherapies [3, 10, 57].

4. Final Concluding Remarks
Regulatory mechanisms involved in catalase expression
occur at diﬀerent levels from genetic to posttranscriptional
modiﬁcations including epigenetic and transcriptional processes [3]. Loss of heterozygosity or gene ampliﬁcation may
contribute to an altered expression of catalase but data
obtained in this study indicate a minor role as compared to
other regulatory mechanisms such as catalase gene transcription as we have recently reported [10, 14]. Meanwhile,
although ROS induce DNA damage, the activation of the
DNA repair system did not lead to a conclusive role of these
pathways on regulation of catalase expression either in
MCF-7 or Resox cells. Neither posttranscriptional nor posttranslational modiﬁcations are likely involved in the diﬀerent
catalase protein levels in both cell lines. Instead, we have
already shown that histones H4 were acetylated around the
promoter region −1518/+16 in Resox cells, explaining the
catalase overexpression in these cells. In this study, we
have demonstrated that DNA hypo/hypermethylation also

plays a pivotal role in this regulation and resistance to
prooxidant drugs.
Since catalase expression is sensitive to redox modulation, a therapeutic strategy may be developed in the context
of cancer, taking in mind the level of catalase expression.
For instance, if catalase is downregulated and the clinical
option is to get increased amounts of catalase, an interesting
approach would be the use of epigenetic agents (DNMT or
HDAC inhibitors) in order to promote a change in chromatin remodelling. Another possibility would be the use of
antagonists of RARα, leading to a pharmacological inhibition
of this nuclear receptor and consequently to a loss of catalase
repression. Indeed, we recently showed that both compounds, TSA and Ro 41-5255 (HDAC and RARα inhibitor,
resp.), enhance catalase expression not only in MCF-7 cells
but also, as previously mentioned, in other mammary cell
lines such as the highly aggressive and metastatic MDAMB-231 cells [10]. Conversely, in case of catalase overexpression, a therapeutic option would be the use of siRNA against
catalase coupled to nanoparticles or, as we have recently
shown, the use of arsenic trioxide (Trisenox) which decreases
catalase expression likely by activating the Akt/PKB (protein
kinase B) signalling pathway and/or inducing the expression
of RARα [57, unpublished results]. It should be noted that
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the hypothesis suggesting that chromatin remodelling as
the main event controlling catalase expression requires both
activating and inhibitory factors. Indeed, we have recently
shown that the transcription factors JunB and RARα are
involved in the positive and negative expression of catalase
by recruiting coactivators and corepressors leading to chromatin remodelling [10].
Taking together, these ﬁndings and previous results
obtained in our laboratory [10, 12, 14, 57] suggest that chromatin remodelling is a major regulatory process controlling
catalase expression in breast cancer cells during resistance
acquisition against an oxidative stress.
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Xylopine is an aporphine alkaloid that has cytotoxic activity to cancer cells. In this study, the underlying mechanism of
xylopine cytotoxicity was assessed in human colon carcinoma HCT116 cells. Xylopine displayed potent cytotoxicity in
diﬀerent cancer cell lines in monolayer cultures and in a 3D model of cancer multicellular spheroids formed from
HCT116 cells. Typical morphology of apoptosis, cell cycle arrest in the G2/M phase, increased internucleosomal DNA
fragmentation, loss of the mitochondrial transmembrane potential, and increased phosphatidylserine externalization and
caspase-3 activation were observed in xylopine-treated HCT116 cells. Moreover, pretreatment with a caspase-3 inhibitor
(Z-DEVD-FMK), but not with a p53 inhibitor (cyclic piﬁthrin-α), reduced xylopine-induced apoptosis, indicating
induction of caspase-mediated apoptosis by the p53-independent pathway. Treatment with xylopine also caused an
increase in the production of reactive oxygen/nitrogen species (ROS/RNS), including hydrogen peroxide and nitric oxide,
but not superoxide anion, and reduced glutathione levels were decreased in xylopine-treated HCT116 cells. Application
of the antioxidant N-acetylcysteine reduced the ROS levels and xylopine-induced apoptosis, indicating activation of ROSmediated apoptosis pathway. In conclusion, xylopine has potent cytotoxicity to diﬀerent cancer cell lines and is able to
induce oxidative stress and G2/M phase arrest, triggering caspase-mediated apoptosis by the p53-independent pathway in
HCT116 cells.

1. Introduction
Colon and rectal carcinoma is a major public health
problem with the third highest incidence and the fourth
highest mortality worldwide [1]. The most common chemotherapy used for colon and rectal carcinoma treatment
include 5-ﬂuorouracil (5-FU, combined with folinic acid),
capecitabine, irinotecan, oxaliplatin, and triﬂuridine (combined with tipiracil); however, resistance development and
severe side eﬀects are limitations commonly associated
with the use of these drugs [2].

Aporphine alkaloids are plant-derived compounds that
belong to the isoquinoline class of alkaloids and possess
diverse therapeutical potential, including cancer treatment,
with potent cytotoxic activity to cancer cells and the ability
to prevent cell proliferation and induce apoptosis and inhibition of DNA topoisomerase and epidermal growth factor
receptor [3]. Moreover, the 1,2-methylenedioxy and methylation of nitrogen have been reported as important pharmacophoric groups for the cytotoxicity of aporphine alkaloids [4, 5].
Xylopine (Figure 1) is an aporphine alkaloid found in the
stem of Xylopia laevigata (Annonaceae). In our previous
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Figure 1: Chemical structure of xylopine.

studies, we identiﬁed xylopine as a potent cytotoxic agent
that causes G2/M cell cycle arrest and apoptosis in human
hepatocellular carcinoma HepG2 cells [6]. However, the
mechanisms of action of xylopine in cancer cells have not
been clearly demonstrated. In this study, the underlying
mechanism of xylopine cytotoxicity was assessed in human
colon carcinoma (HCT116) cells.

2. Material and Methods
2.1. Xylopine Isolation. The stem of X. laevigata was collected
in “Serra de Itabaiana” between Itabaiana and Areia Branca
cities (coordinates: 10°44′50″S, 37°20′24″W), Sergipe, Brazil,
in February 2013. The identity of the plant was conﬁrmed
by Dr. Ana Paula do N. Prata, Department of Biology,
Federal University of Sergipe, Brazil, and a voucher specimen
(number 26805) has been deposited in the Herbarium of the
Federal University of Sergipe. The dried and powdered stem
of X. laevigata (1.4 kg) was successively extracted with
hexane followed by methanol, to yield hexane (18.8 g) and
methanol (87.8 g) extracts. Xylopine was isolated from the
methanol extract as previously described [6].
2.2. Cells. MCF7 (human breast carcinoma), HCT116
(human colon carcinoma), HepG2 (human hepatocellular
carcinoma), SCC-9 (human oral squamous cell carcinoma),
HSC-3 (human oral squamous cell carcinoma), HL-60
(human promyelocytic leukemia), K-562 (human chronic
myelogenous leukemia), B16-F10 (murine melanoma),
MRC-5 (human lung ﬁbroblast), WT SV40 MEF (wild-type
immortalized mouse embryonic ﬁbroblast), and BAD KO
SV40 MEF (BAD gene knockout immortalized mouse
embryonic ﬁbroblast) cell lines were obtained from the
American Type Culture Collection (ATCC, Manassas,
VA, USA). Cells were cultured in complete medium with
appropriate supplements as recommended by ATCC. All
cell lines were tested for mycoplasma using the Mycoplasma Stain Kit (Sigma-Aldrich) to validate the use of
cells free from contamination. Primary cell culture of

peripheral blood mononuclear cells (PBMC) was obtained
by standard Ficoll density protocol. The Research Ethics
Committee of the Oswaldo Cruz Foundation (Salvador,
BA, Brazil) approved the experimental protocol (number
031019/2013). Cell viability was examined using trypan
blue exclusion assay for all experiments.
2.3. Cytotoxic Activity Assay. Cell viability was quantiﬁed
using the alamarBlue assay according to Ahmed et al. [7].
Cells were inserted in 96-well plates for all experiments
(7 × 104 cells/mL for adherent cells or 3 × 105 cells/mL for
suspended cells in 100 μL of medium). After 24 h, xylopine
was dissolved in dimethyl sulfoxide (DMSO) and added to
each well and incubated for 72 h. Doxorubicin (purity ≥ 95%,
doxorubicin hydrochloride, Laboratory IMA S.A.I.C., Buenos Aires, Argentina) and oxaliplatin (Sigma-Aldrich Co.,
Saint Louis, MO, USA) were used as positive controls. Four
(for cell lines) or 24 h (for PBMCs) before the end of incubation, 20 μL of a stock solution (0.312 mg/mL) of the alamarBlue (resazurin, Sigma-Aldrich Co., Saint Louis, MO, USA)
was added to each well. Absorbance at 570 nm and 600 nm
was measured using the SpectraMax 190 Microplate Reader
(Molecular Devices, Sunnyvale, CA, USA), and the drug
eﬀect was quantiﬁed as the percentage of control absorbance.
2.4. 3D Multicellular Spheroids Culture. HCT116 cells were
cultivated in three-dimensional (3D) multicellular spheroids.
Brieﬂy, 100 μL of a solution of cells (0.5 × 106 cells/mL) was
inserted in 96-well plates with a cell-repellent surface
(Greiner Bio-One, Kremsmünster, Austria) and cultured
in complete medium plus 3% Matrigel (BD Biosciences,
San Jose, CA, USA). Spheroids with stable structures had
formed after three days. Then, the spheroids were exposed
to a range of drug concentrations for 72 h, after which the
cell viability was quantiﬁed by alamarBlue assay as
described above.
2.5. Morphological Analysis. To evaluate alterations in morphology, cells were cultured under coverslip and stained with
May-Grünwald-Giemsa. Morphological changes were examined by light microscopy using Image-Pro software.
2.6. Internucleosomal DNA Fragmentation and Cell Cycle
Distribution. Cells were harvested in a permeabilization solution containing 0.1% Triton X-100 (Sigma Chemical Co., St
Louis, MO, USA), 2 μg/mL propidium iodide (Sigma Chemical Co.), 0.1% sodium citrate, and 100 μg/mL RNAse (Sigma
Chemical Co.) and incubated in the dark for 15 min at room
temperature [8]. Finally, cell ﬂuorescence was measured by
ﬂow cytometry on a BD LSRFortessa cytometer using the
BD FACSDiva software (BD Biosciences) and FlowJo software 10 (FlowJo, LCC, Ashland, OR, USA).
2.7. Annexin V/PI Staining Assay. For apoptosis detection, we
used the FITC Annexin V Apoptosis Detection Kit I (BD
Biosciences), and the analysis was performed according to
the manufacturer’s instructions. The cell ﬂuorescence was
determined by ﬂow cytometry as described above. The protection assays using a caspase-3 inhibitor (Z-DEVD-FMK,
BD Biosciences), a p53 inhibitor (cyclic piﬁthrin-α, Cayman
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Table 1: Cytotoxic activity of xylopine (XYL).
Cells

Histological type

DOX

IC50 in μM
OXA

XYL

Cancer cells
MCF7

Human breast carcinoma

HCT116

Human colon carcinoma

HepG2

Human hepatocellular carcinoma

SCC9

Human oral squamous cell carcinoma

HSC3

Human oral squamous cell carcinoma

HL-60

Human promyelocytic leukemia

K562

Human chronic myelogenous leukemia

B16-F10

Murine melanoma

1.1
0.3–3.5
0.1
0.04–0.11
0.1
0.04–0.11
0.5
0.4–0.7
0.3
0.2–0.4
0.3
0.3–0.4
0.3
0.2–0.5
0.03
0.02–0.07

5.9
3.5–9.9
4.1
2.7–6.4
1.0
0.2-3.9

3.3
1.4–7.8
0.4
0.1–3.8
0.9
0.1–9.7
0.1
0.03–1.3

12.0
6.1–23.6
6.4
5.1–8.2
9.4
6.0–14.8
26.6
21.9–32.1
15.7
10.2–24.3
18.5
16.0–21.3
7.8
6.1–9.9
9.6
8.0–11.4

1.5
1.2–2.0
5.2
2.4–11.4

1.5
0.9–2.8
14.9
8.9–24.8

24.1
20.8–28.3
18.3
11.0–29.0

N.d.

Noncancer cells
MRC5

Human lung ﬁbroblast

PBMC

Human peripheral blood mononuclear cells

Data are presented as IC50 values in μM and their respective 95% conﬁdence interval obtained by nonlinear regression from at the least three independent
experiments performed in duplicate and measured by alamarBlue assay after 72 h incubation. Doxorubicin (DOX) and oxaliplatin (OXA) were used as
positive controls. N.d.: not determined.

Table 2: Selectivity index of xylopine (XYL).
Noncancer cells
Cancer cells
MCF7
HCT116
HepG2
SCC-9
HSC-3
HL-60
K-562
B16-F10

DOX

MRC5
OXA

XYL

DOX

PBMC
OXA

XYL

1.4
15
15
3
5
5
5
50

0.3
0.4
1.5
N.d.
0.5
3.8
1.7
15

2
3.8
2.6
0.9
1.5
1.3
3.1
2.5

4.7
52
52
10.4
17.3
17.3
17.3
173.3

2.5
3.6
14.9
N.d.
4.5
37.3
16.6
149

1.5
2.9
2
0.7
1.2
1
2.4
1.9

Data are presented the selectivity index (SI) calculated using the following
formula: SI = IC50(noncancer cells)/IC50(cancer cells). Cancer cells: MCF7
(human breast carcinoma), HCT116 (human colon carcinoma), HepG2
(human hepatocellular carcinoma), SCC-9 (human oral squamous cell
carcinoma), HSC-3 (human oral squamous cell carcinoma), HL-60
(human promyelocytic leukemia), K-562 (human chronic myelogenous
leukemia), and B16-F10 murine melanoma. Noncancer cells: MRC-5
(human lung ﬁbroblast) and PBMC human peripheral blood mononuclear
cells. Doxorubicin (DOX) and oxaliplatin (OXA) were used as positive
controls. N.d.: not determined.

Chemical, Ann Arbor, MI, USA), and an antioxidant N-acetyl-L-cysteine (NAC, Sigma-Aldrich Co.) were performed. In
brief, the cells were pretreated for 2 h with 50 μM Z-DEVDFMK and 10 μM cyclic piﬁthrin-α and for 1 h with 5 mM
NAC, followed by incubation with 14 μM xylopine for 48 h.
The cells were then trypsinized and the FITC Annexin V
Apoptosis Detection assay was conducted as described above.
2.8. Measurement of the Mitochondrial Transmembrane
Potential. Mitochondrial transmembrane potential was
determined by the retention of the dye rhodamine 123 [9].
Cells were incubated with rhodamine 123 (5 μg/mL, SigmaAldrich Co.) at room temperature for 15 min in the dark
and washed with saline. The cells were then incubated again
in saline for 30 min in the dark and cell ﬂuorescence was
determined by ﬂow cytometry as described above.
2.9. Caspase-3 Activation Assay. A Caspase-3 Colorimetric
Assay Kit (Sigma-Aldrich Co.) was used to investigate
caspase-3 activation in xylopine-treated HCT116 cells based
on the cleavage of Ac-DEVD-pNA and the analysis was
performed according to the manufacturer’s instructions.
2.10. Measurement of Cellular Reactive Oxygen Species Levels.
The levels of reactive oxygen species (ROS) were measured
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Figure 2: Eﬀect of xylopine (XYL) in 3D in vitro model of cancer multicellular spheroids formed from HCT116 cells. (a) Cells examined by
light microscopy (bar = 100 μm). (b) IC50 values in μM and their respective 95% conﬁdence interval obtained by nonlinear regression from
three independent experiments performed in duplicate and measured by alamarBlue assay after 72 h of incubation. The negative control
(CTL) was treated with the vehicle used for diluting the compound tested. Doxorubicin (DOX) and oxaliplatin (OXA) were used as
positive controls.

(b)

Figure 3: Eﬀect of xylopine (XYL) in the cell viability of HCT116 cells determined by trypan blue staining after 24 h (a) and 48 h (b) of
incubation. The gray bars represent the number of viable cells (×104cells/mL), and the white bars represent cell inhibition (%). The
negative control (CTL) was treated with the vehicle (0.1% DMSO) used for diluting the compound tested. Doxorubicin (DOX, 1 μM) and
oxaliplatin (OXA, 2.5 μM) were used as positive controls. Data are presented as the mean ± S.E.M. of three independent experiments
performed in duplicate. ∗ p < 0 05 compared with the negative control by ANOVA followed by Student–Newman–Keuls test.
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Table 3: Eﬀect of xylopine (XYL) in the cell cycle distribution of HCT116 cells.
Treatment

Concentration (μM)

Sub-G0/G1

DNA content (%)
G0/G1
S

G2/M

24 h incubation
CTL

—

3.9 ± 1.0

42.0 ± 2.5

12.6 ± 2.8

DOX

1

9.7 ± 2.5

28.0 ± 6.3

10.0 ± 2.5

OXA

2.5

8.8 ± 3.5

XYL

3.5

6.2 ± 1.9

32.4 ± 3.7
17.0 ± 7.0∗

24.7 ± 4.8

39.9 ± 1.5
57.2 ± 3.5∗

7

5.1 ± 1.6

14.9 ± 4.2∗

23.3 ± 3.7

58.5 ± 2.9∗

14

11.3 ± 1.4

30.5 ± 6.0

11.1 ± 1.6

54.0 ± 6.1∗

—

3.3 ± 0.7

44.8 ± 1.1
22.5 ± 4.0∗

13.5 ± 2.4
14.9 ± 2.5

23.8 ± 2.8
44.2 ± 4.4∗

11.1 ± 2.2

32.2 ± 4.4
52.0 ± 6.8∗

48 h incubation
CTL

13.5 ± 3.1

30.7 ± 4.1
44.1 ± 3.4∗

DOX

1

18.3 ± 2.5

OXA

2.5

17.7 ± 1.9

XYL

3.5

15.2 ± 1.9

36.2 ± 2.6
17.0 ± 6.3∗

7

25.9 ± 2.5∗

10.3 ± 1.3∗

6.8 ± 2.0

52.7 ± 3.6∗

14

33.4 ± 6.2∗

14.6 ± 2.6∗

9.3 ± 1.7

40.8 ± 5.7∗

7.6 ± 0.4

Data are presented as the mean ± S.E.M. of three independent experiments performed in duplicate. The negative control (CTL) was treated with the vehicle
(0.1% DMSO) used for diluting the compound tested. Doxorubicin (DOX) and oxaliplatin (OXA) were used as positive controls. Ten thousand events were
evaluated per experiment, and cellular debris was omitted from the analysis. ∗ p < 0 05 compared with the negative control by ANOVA followed by
Student–Newman–Keuls test.

CTL

DOX

OXA

XYL—3.5 휇M

XYL—7 휇M

XYL—14 휇M

24 h

48 h

Figure 4: Eﬀect of xylopine (XYL) in the morphologic analysis of HCT116 cells after 24 and 48 h incubation. The cells were stained with MayGrünwald-Giemsa and examined by light microscopy (bar = 20 μm). Arrows indicated cells with a reduction in the cell volume, chromatin
condensation, or fragmented DNA. The negative control (CTL) was treated with the vehicle (0.1% DMSO) used for diluting the
compound tested. Doxorubicin (DOX, 1 μM) and oxaliplatin (OXA, 2.5 μM) were used as positive controls.

according to previously described [10] using 2′,7′-dichloroﬂuorescin diacetate (DCF-DA) (Sigma-Aldrich Co.). In brief,
cells were treated with xylopine for 1 and 3 h. Then, the
cells were collected, washed with saline, and resuspended
in FACS tubes with saline containing 5 μM DCF-DA for
30 min. Finally, the cells were washed with saline and the
cell ﬂuorescence was determined by ﬂow cytometry as
described above. The protection assay using the antioxidant NAC and catalase (Sigma-Aldrich Co.) was performed. In brief, the cells were pretreated for 1 h with
5 mM NAC or 2000 UI catalase and then incubated with

xylopine in the established concentration for 1 h. The cells
were then trypsinized and the ROS levels were measured
as described above.
2.11. Measurement of Cellular Superoxide Anion Level.
Hydroethidine (Sigma-Aldrich Co.) was used to detect cellular superoxide levels after 1 h of treatment with xylopine
[11]. The cells were labeled with 10 μM of hydroethidine
for 30 min. Finally, the cells were washed with saline and
the cell ﬂuorescence was determined by ﬂow cytometry
as described above.
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Figure 5: Eﬀect of xylopine (XYL) in the induction of apoptosis in HCT116 cells determined by ﬂow cytometry using annexin V-FITC/PI
staining after 24 and 48 h incubation. (a) Representative ﬂow cytometric dot plots showing the percentage of cells in viable, early
apoptotic, late apoptotic, and necrotic stages. (b) Quantiﬁcation of the cell viability. The negative control (CTL) was treated with the
vehicle (0.1% DMSO) used for diluting the compound tested. Doxorubicin (DOX, 1 μM) and oxaliplatin (OXA, 2.5 μM) were used as
positive controls. Data are presented as the mean ± S.E.M. of three independent experiments performed in duplicate. Ten thousand events
were evaluated per experiment and cellular debris was omitted from the analysis. ∗ p < 0 05 compared with the negative control by
ANOVA followed by Student–Newman–Keuls test.

2.12. Measurement of Nitric Oxide Production. Nitric oxide
generation was detected with 4-amino-5-methylamino-2′-,7
′-diﬂuoﬂuorescein diacetate (DAF-FM diacetate) (Molecular
Probes, Eugene, OR, USA) [12]. The cells were labeled
with 3 μM of DAF-FM diacetate for 60 minutes at 37°C.
Following staining cells were washed with saline and incubated for an additional 15 minutes at 37°C to allow for
complete deesteriﬁcation of the intracellular diacatates.
Then, the nitric oxide radical was measured by ﬂow
cytometry as described above.
2.13. Measurement of Cellular GSH Level. A quantiﬁcation kit
for reduced glutathione (L-γ-glutamyl-L-cysteinyl-glycine,
GSH, Sigma-Aldrich Co.) was used to investigate cellular

GSH level in xylopine-treated HCT116 cells and the analysis
was performed according to the manufacturer’s instructions.
2.14. DNA Intercalation Assay. DNA intercalation was
assessed by examining the ability of xylopine to displace ethidium bromide from calf thymus DNA (ctDNA, SigmaAldrich Co.) [13]. The assay was conducted in 96-well plates
and contained 15 μg/mL ctDNA, 1.5 μM ethidium bromide,
and 10 or 20 μM xylopine in 100 μL saline solution. Doxorubicin (10 μM) was used as positive control. Fluorescence was
measured using excitation and emission wavelengths of 320
and 600 nm, respectively.
2.15. Statistical Analysis. Data are presented as mean ± S.E.M.
or IC50 values and their 95% conﬁdence intervals (CI 95%)
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Figure 6: Eﬀect of xylopine (XYL) in the caspase-3 activity and mitochondrial membrane potential in HCT116 cells. (a) Mitochondrial
membrane potential determined by ﬂow cytometry using rhodamine 123 staining after 24 h incubation. (b) Caspase-3 activity determined
by colorimetric assay after 48 h incubation. The negative control (CTL) was treated with the vehicle (0.1% DMSO) used for diluting the
compound tested. Doxorubicin (DOX, 1 μM) and oxaliplatin (OXA, 2.5 μM) were used as positive controls. Data are presented as the
mean ± S.E.M. of three independent experiments performed in duplicate. For ﬂow cytometry analysis, 10,000 events were evaluated per
experiment and cellular debris was omitted from the analysis. ∗ p < 0 05 compared with the negative control by ANOVA followed by
Student–Newman–Keuls test.

obtained by nonlinear regression. Diﬀerences between
experimental groups were compared using analysis of variance (ANOVA) followed by the Student–Newman–Keuls
test (p < 0 05). All statistical analyses were performed
using GraphPad (Intuitive Software for Science, San Diego,
CA, USA).

3. Results
3.1. Xylopine Displays Potent Cytotoxicity in Diﬀerent Cancer
Cell Lines. The cytotoxicity of xylopine was assessed in eight
diﬀerent cancer cell lines (MCF7, HCT116, HepG2, SCC-9,
HSC-3, HL-60, K-562, and B16-F10) and in two noncancer
cells (MRC-5 and PBMC) using the alamarBlue assay after
72 h incubation. Table 1 shows the results obtained. Xylopine
presented IC50 values ranging from 6.4 to 26.6 μM for cancer
cells HCT116 and SCC9, respectively. Doxorubicin presented
IC50 values ranging from 0.03 to 1.1 μM for cancer cell lines
B16-F10 and MCF7, respectively. Oxaliplatin presented IC50
values ranging from 0.1 to 5.9 μM for cancer cell lines B16F10 and MCF7, respectively. The IC50 value for noncancer
cells was 24.1 and 18.3 μM for xylopine, 1.5 and 5.2 μM for
doxorubicin, and 1.5 and 14.9 μM for oxaliplatin for MRC5
and PBMC cells, respectively. Table 2 shows the selectivity
index obtained. For the most cancer cell lines, xylopine
exhibited selectivity index similar to positive controls doxorubicin and oxaliplatin.
HCT116 was the most sensitive cell line to xylopineinduced cytotoxicity and was used as a cellular model in
a new set of experiment. Furthermore, the cytotoxic eﬀect
of xylopine was then evaluated in an in vitro 3D model of
cancer multicellular spheroids formed from HCT116 cells.
Xylopine-treated spheroids presented morphological alterations that indicate drug permeability and cytotoxicity in
the 3D culture (Figure 2(a)). The IC50 value of xylopine was
24.6 μM after 72 h incubation (Figure 2(b)). Doxorubicin

and oxaliplatin showed IC50 values of 4.5 and 6.0 μM,
respectively.
Cell viability of HCT116 cell treated with xylopine was
also determined by trypan blue exclusion assay after 24 and
48 h incubation. Xylopine signiﬁcantly reduced (p < 0 05)
the number of viable cells (Figure 3). At concentrations of
3.5, 7, and 14 μM, xylopine reduced the number of viable
cells by 50.2, 64.4, and 71.8% after 24 h and 79.9, 84.6, and
89.4% after 48 h, respectively. No signiﬁcant increase in the
number of nonviable cells was observed (p > 0 05). Doxorubicin and oxaliplatin also reduced the number of viable cells
after 24 and 48 h incubation.
3.2. Xylopine Induces G2/M Phase Arrest and CaspaseMediated Apoptosis in HCT116 Cells. The cell cycle distribution in xylopine-treated HCT116 cells was investigated by
ﬂow cytometry after 24 and 48 h incubation. Table 3 shows
the obtained cell cycle distribution. All DNA that was subdiploid in size (sub-G0/G1) was considered fragmented. At all
concentrations, xylopine treatment resulted in a signiﬁcant
increase in the number of cells in G2/M phase compared to
the negative control (30.7% at control against 57.2, 58.5,
and 54.0% at 3.5, 7, and 14 μM xylopine after 24 h incubation
and 23.8% at control against 52.0, 52.7, and 40.8% at the
same concentration of xylopine after 48 h incubation,
resp.). The G2/M phase block was followed by an increase
in the internucleosomal DNA fragmentation (p < 0 05).
Doxorubicin and oxaliplatin also caused cell cycle block
at the phase G2/M, which was also followed by internucleosomal DNA fragmentation.
Cell morphology of xylopine-treated HCT116 cells
presented a reduction in the cell volume, chromatin condensation, and fragmentation of the nuclei (Figure 4).
Doxorubicin and oxaliplatin also induced cell shrinkage,
chromatin condensation, and nuclear fragmentation. Apoptosis induction was assessed using the annexin V/PI double stain by ﬂow cytometry in xylopine-treated HCT116
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Figure 7: Eﬀect of the caspase-3 inhibitor (Z-DEVD-FMK) and p53 inhibitor (cyclic piﬁthrin-α) in xylopine-induced apoptosis in HCT116
cells determined by ﬂow cytometry using annexin V-FITC/PI staining. (a) Representative ﬂow cytometric dot plots showing the percentage of
cells in viable, early apoptotic, late apoptotic, and necrotic stages. (b) Quantiﬁcation of apoptotic cells. The cells were pretreated for 2 h with
50 μM Z-DEVD-FMK and 10 μM cyclic piﬁthrin-α and then incubated with 14 μM xylopine (XYL) for 48 h. The negative control (CTL) was
treated with the vehicle (0.1% DMSO) used for diluting the compound tested. Doxorubicin (DOX, 1 μM) and oxaliplatin (OXA, 2.5 μM) were
used as positive controls. Data are presented as the mean ± S.E.M. of three independent experiments performed in duplicate. Ten thousand
events were evaluated per experiment, and cellular debris was omitted from the analysis. ∗ p < 0 05 compared with the negative control by
ANOVA followed by Student–Newman–Keuls test. # p < 0 05 compared with the respective treatment without inhibitor by ANOVA
followed by Student–Newman–Keuls test.

Oxidative Medicine and Cellular Longevity

9

25

ROS level (%)

⁎

⁎

20
⁎
15
⁎
10
5
0
CTL H2O2 DOX OXA 3.5

7

14

CTL H2O2 DOX OXA 3.5

XYL

7

14 (휇M)

XYL
3h

1h
(a)

20

⁎
⁎

ROS level (%)

15

10
#
#

5

0
CTL

H2O2 DOX OXA

XYL

CTL

H2O2 DOX OXA

−

XYL

+Catalase
(b)

20

⁎
⁎

ROS level (%)

15
#

10
#
5

0
CTL

H2O2 DOX OXA

XYL

−

CTL

H2O2 DOX OXA

XYL

+NAC
(c)

Figure 8: Eﬀect of xylopine (XYL) in the levels of reactive oxygen species (ROS) of HCT116 cells and protection by N-acetyl-L-cysteine
(NAC) and catalase determined by ﬂow cytometry using DCF-DA staining. (a) ROS levels of HCT116 cells after 1 and 3 h incubation. (b)
ROS levels of HCT116 cells pretreated with the antioxidant NAC and then treated with xylopine. (c) ROS levels of HCT116 cells
pretreated with the antioxidant catalase and then treated with xylopine. For the protection assay, the cells were pretreated for 1 h with
5 mM NAC or 2000 UI catalase and then incubated with 14 μM xylopine for 1 h. The negative control (CTL) was treated with the vehicle
(0.1% DMSO) used for diluting the compound tested. Hydrogen peroxide (H2O2, 200 μM), doxorubicin (DOX, 1 μM), and oxaliplatin
(OXA, 2.5 μM) were used as positive controls. Data are presented as the mean ± S.E.M. of three independent experiments performed in
duplicate or triplicate. Ten thousand events were evaluated per experiment, and cellular debris was omitted from the analysis. ∗ p < 0 05
compared with the negative control by ANOVA followed by Student–Newman–Keuls test. # p < 0 05 compared with the respective
treatment without inhibitor by ANOVA followed by Student–Newman–Keuls test.
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Figure 9: Eﬀect of xylopine (XYL) in the levels of reactive oxygen species (ROS) and reduced glutathione (GSH) of HCT116 cells after 1 h
incubation. (a) Nitric oxide level of HCT116 cells determined by ﬂow cytometry using DAF-FM diacetate staining. (b) Superoxide anion
level of HCT116 cells determined by ﬂow cytometry using hydroethidine staining. (c) GSH level of HCT116 cells determined by
colorimetric assay. The negative control (CTL) was treated with the vehicle (0.1% DMSO) used for diluting the compound tested.
Hydrogen peroxide (H2O2, 200 μM), doxorubicin (DOX, 1 μM), and oxaliplatin (OXA, 2.5 μM) were used as positive controls. Data are
presented as the mean ± S.E.M. of three independent experiments performed in duplicate. For ﬂow cytometry analysis, 10,000 events were
evaluated per experiment and cellular debris was omitted from the analysis. ∗ p < 0 05 compared with the negative control by ANOVA
followed by Student–Newman–Keuls test.

cells (Figure 5). Xylopine signiﬁcantly increased the early
and late apoptosis (p < 0 05). A signiﬁcant increase in
necrotic cells was observed in xylopine-treated HCT116
cells after 48 h incubation (p < 0 05). Xylopine also
induced mitochondrial depolarization (p < 0 05) in
HCT116 cells after 24 h incubation (Figure 6(a)) and
increased caspase-3 activation (p < 0 05) after 48 h incubation (Figure 6(b)). Moreover, cotreatment with a caspase-3
inhibitor (Z-DEVD-FMK), but not with a p53 inhibitor
(cyclic piﬁthrin-α), prevented the xylopine-induced
increasing apoptosis (Figures 7(a) and 7(b)). On the other
hand, the IC50 values for xylopine were 6.4 μM for the
BAD gene knockout immortalized mouse embryonic ﬁbroblast (BAD KO SV40 MEF) cell line, while 8.0 μM was for
wild-type immortalized mouse embryonic ﬁbroblast (WT
SV40 MEF) cell line, suggesting that BAD gene is not
essential for xylopine-induced cytotoxicity. Doxorubicin
presents IC50 values of 0.4 and 0.03 μM, while 5-FU

presents IC50 values of 7.3 and 1.7 μM on BAD KO
SV40 MEF and WT SV40 MEF cell lines, respectively.
3.3. Xylopine Causes ROS-Mediated Apoptosis in HCT116
Cells. The eﬀect of xylopine in intracellular reactive oxygen/
nitrogen species (ROS/RNS) levels was investigated in
HCT116 cells through ﬂow cytometry. Treatment with
xylopine for 1 and 3 h caused an increase in the ROS
levels (Figure 8(a)), and the cotreatment with the antioxidant NAC prevented the xylopine-induced increase in the
intracellular ROS level (Figure 8(b)). Cotreatment with
catalase, which induces decomposition of hydrogen peroxide, also prevented xylopine-induced increase in intracellular ROS levels that indicate the production of hydrogen
peroxide induced by xylopine (Figure 8(c)). Using ﬂuorescent probe speciﬁc for individual ROS/RNS, we found that
xylopine increases nitric oxide (Figure 9(b)), but not superoxide anion (Figure 9(a)), in HCT116 cells. Furthermore,
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Figure 10: Eﬀect of the antioxidant N-acetyl-L-cysteine (NAC) in xylopine-induced apoptosis in HCT116 cells determined by ﬂow cytometry
using annexin V-FITC/PI staining. (a) Representative ﬂow cytometric dot plots showing the percentage of cells in viable, early apoptotic, late
apoptotic, and necrotic stages. (b) Quantiﬁcation of apoptotic cells. The cells were pretreated for 1 h with 5 mM NAC and then incubated with
14 μM xylopine (XYL) for 48 h. The negative control (CTL) was treated with the vehicle (0.1% DMSO) used for diluting the compound tested.
Doxorubicin (DOX, 1 μM) and oxaliplatin (OXA, 2.5 μM) were used as positive controls. Data are presented as the mean ± S.E.M. of three
independent experiments performed in duplicate. Ten thousand events were evaluated per experiment, and cellular debris was omitted
from the analysis. ∗ p < 0 05 compared with the negative control by ANOVA followed by Student–Newman–Keuls test. # p < 0 05
compared with the respective treatment without inhibitor by ANOVA followed by Student–Newman–Keuls test.

GSH levels were decreased in xylopine-treated cells
(Figure 9(c)). The cotreatment with NAC also prevented
the xylopine-induced increase of the cell death by apoptosis
(Figures 10(a) and 10(b)).
3.4. Xylopine Does Not Induce DNA Intercalation. DNA
intercalation was evaluated by examining the ability of

xylopine to displace ethidium bromide from ctDNA and
thus decreasing the ﬂuorescence intensity of ethidium
bromide. Xylopine was not able to decrease the ethidium
bromide ﬂuorescence, indicating that it is not a strong
DNA intercalator. Doxorubicin, a potent DNA intercalator, signiﬁcantly reduced the ﬂuorescence intensity (data
not shown).
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4. Discussion
In the present study, we report for the ﬁrst time that xylopine
induces oxidative stress and causes G2/M phase arrest
triggering caspase-mediated apoptosis in HCT116 cells. Previous works with xylopine reported that it induces potent
cytotoxicity to cancer cells, but its mechanism of action has
been not described [6].
Diverse aporphine alkaloids have been reported to
exhibit cytotoxic eﬀect on various types of human cancer
cells, including acutiaporberine, anonaine, artabotrine,
lysicamine, magnoﬂorine, norglaucine, norpurpureine, calycinine, and liriodenine [6, 14–20]. Acutiaporberine induces
apoptosis in human non-small-cell lung cancer PLA-801
cells and human lung cancer 95-D cells, accompanied by
downregulation of the bcl-2 gene and upregulation of the
bax gene [14, 15]. Liriodenine inhibits human lung adenocarcinoma A549 cell proliferation and blocks the cell cycle
progression at the G2/M phase, accompanied by a reduction
of G1 cyclin D1 and accumulation of G2 cyclin B1, and the
enzymatic activity of the cyclin B1/cyclin-dependent kinase
1 complex was reduced in liriodenine-treated cells. Activation of caspases and induction of apoptosis were also
observed in liriodenine-treated A549 cells [16]. Herein, xylopine blocked cell cycle progression at the G2/M phase and
triggered caspase-mediated apoptosis pathway in HCT116
cells, as observed by internucleosomal DNA fragmentation,
externalization of phosphatidylserine, loss of mitochondrial
transmembrane potential, and activation of caspase-3.
Additionally, xylopine-induced apoptosis was prevented
by pretreatment with a caspase-3 inhibitor, but not with
a p53 inhibitor.
ROS/RNS are toxic products of cellular metabolism and
are involved in cellular apoptosis by both the extrinsic cell
death receptor pathway and the intrinsic mitochondrial cell
death pathway. ROS include free radicals deprived of oxygen, including superoxide anions (O2•−), hydroxyl radicals
(HO•), peroxyl (RO2•), alkoxyl (RO•), and nonradical species deprived of oxygen, including hydrogen peroxide
(H2O2), whereas RNS include mainly nitric oxide (•NO).
Moreover, glutathione is usually presented as a reduced
form (GSH), but GSH can be converted into an oxidized
form (GSSG) by stimulation of oxidative stress, and
decreased cellular GSH levels are associated with ROSmediated apoptosis [21–25]. Xylopine induces oxidative
stress, including the increase of the levels of nitric oxide
and hydrogen peroxide, but not superoxide anion, in
HCT116 cells. Depletion of cellular GSH was also
observed in xylopine-treated cells. Moreover, pretreatment
with the antioxidant NAC prevented xylopine-induced
apoptosis, indicating ROS-mediated apoptosis pathway.
The aporphine alkaloids anonaine, glaucine, and norglaucine were previously reported as inductors of oxidative
stress [18]. In addition, liriodenine/valproic acid combination treatment enhances ROS production and intracellular
GSH depletion [26].
Some aporphine alkaloids are DNA intercalator agents,
including liriodenine and dicentrine, which can induce inhibition of DNA topoisomerases as a mechanism of
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cytotoxicity [27]. Herein, DNA intercalation ability of xylopine was assessed in ctDNA; however, xylopine failed to
induce DNA intercalation.

5. Conclusion
In conclusion, xylopine has potent cytotoxicity to diﬀerent
cancer cell lines and induces oxidative stress and causes
G2/M phase arrest triggering caspase-mediated apoptosis
by the p53-independent pathway in HCT116 cells.
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Hypoxia is an aspect of the tumor microenvironment that is linked to radiation and chemotherapy resistance, metastasis, and poor
prognosis. The ability of hypoxic tumor cells to achieve these cancer hallmarks is, in part, due to changes in their gene expression
proﬁles. Cancer cells have a high demand for protein synthesis, and translational control is subsequently deregulated. Various
mechanisms of translation initiation are active to improve the translation eﬃciency of select transcripts to drive cancer
progression. This review will focus on a noncanonical cap-dependent translation initiation mechanism that utilizes the eIF4E
homolog eIF4E2, a hypoxia-activated cap-binding protein that is implicated in hypoxic cancer cell migration, invasion, and
tumor growth in mouse xenografts. A historical perspective about eIF4E2 and its various aliases will be provided followed by an
evaluation of potential therapeutic strategies. The recent successes of disabling canonical translation and eIF4E with drugs
should highlight the novel therapeutic potential of targeting the homologous eIF4E2 in the treatment of hypoxic solid tumors.

1. Introduction
The initiation step of protein synthesis is a focal point of translational control (reviewed in [1]). The mammalian target of
rapamycin complex 1 (mTORC1) is a master regulator of this
process and senses several external stimuli such as nutrients
and oxygen to control cell proliferation [2, 3]. The ﬁrst step
of translation involves the binding of the heterotrimeric
eukaryotic initiation factor 4F (eIF4F) complex to the 5′ cap
of mRNA. Speciﬁcally, it is eIF4E that is the cap-binding component of eIF4F (reviewed in [4]). The mTORC1 regulates the
ﬁrst step of translation by phosphorylating and inactivating
the inhibitor of eIF4E, 4E-binding protein (4EBP), under
normal conditions [5–7]. When oxygen is low, for example,
the kinase activity of mTORC1 is repressed and 4EBP binds
to and sequesters eIF4E [8–10]. Several cap-independent
mechanisms exist to translate key mRNAs required to overcome a speciﬁc stress such as internal ribosomal entry sites
(IRES) [11, 12] and upstream open reading frames (uORFs)
[13, 14]. It is important to note that the “who’s who” of

cancer-driving mutations occurs in upstream regulators of
mTORC1 (e.g., Akt [15], PTEN [16], PI3K [17], and Ras
[18]), which uncouple this master regulator from sensing
nutrient and oxygen deprivation. This constitutively active
mTORC1 causes eIF4E-driven translation to be hyperactive
in most cancers and is currently a major target of cancer
therapeutics (reviewed in [19]). This literature review will
focus on an alternative cap-dependent translation mechanism
that utilizes the eIF4E homolog eIF4E2 [20], a cap-binding
protein that is part of a metastatic gene signature [21] and
required for tumor growth in mouse xenografts [22]. This
pathway is activated by hypoxia [23], a characteristic of the
microenvironment common to many solid tumors. A historical perspective about eIF4E2 will be provided followed by an
evaluation of potential therapeutic strategies.

2. Translation Initiation
2.1. Canonical Translation Initiation. Eukaryotic translation eﬃciency is heavily reliant on posttranscriptional
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Figure 1: Model of canonical and noncanonical cap-dependent translation initiation. (a) Canonical cap-dependent translation mediated by
eIF4E. Under normoxic conditions, the 4E-binding protein (4EBP) is phosphorylated by mTORC1 and repressed, allowing eIF4E to bind the
5′ cap of mRNA, eIF4G, and eIF4A forming the eIF4F complex to initiate translation. HIF-2α is degraded in the presence of oxygen and is
unavailable to recruit eIF4E2 to the 5′ cap of transcripts containing RNA hypoxia response elements (rHREs) in their 3′ UTR. RBM4 is an
RNA-binding protein that recognizes a motif in the rHRE and is essential for the translation of these transcripts in the presence of HIF-2α.
(b) Under hypoxic conditions, HIF-2α is stabilized and interacts with RBM4 to recruit eIF4E2 to the 5′ cap of rHRE-containing transcripts
independent of the poly(A)-tail. The eIF4E2 interacts with eIF4G3 and eIF4A to form a hypoxic eIF4F complex (eIF4FH) to initiate the
translation of rHRE-containing transcripts. The 4EBP is hypophosphorylated, binds to eIF4E, and blocks the eIF4G binding site to
repress canonical cap-dependent translation.

modiﬁcations to the mRNA at the 3′ end (poly(A)-tail) and at
the 5′ end (7-methyl-guanosine triphosphate cap; m7GTP)
[24, 25]. Canonical cap-dependent translation initiation
begins with and can be regulated at two separate events. First,
GTP-bound eIF2 binds to the initiator methionyl-tRNA
(Met-tRNAi) and then to the 40S ribosomal subunit
(reviewed in [4]). The eIF1, eIF3, eIF5, and eIF5B associate
followed by the formation of the 43S preinitiation complex
(PIC). The other event is the binding of eIF4F onto the 5′
m7GTP cap of mRNA (Figure 1(a)). eIF4F is a heterotrimeric
complex composed of the cap-binding protein eIF4E, the

scaﬀold protein eIF4G, and the RNA helicase eIF4A. The
assembly of this complex is the primary target of regulatory
proteins such as the 4EBPs, as the cellular availability of eIF4E
controls the switch between canonical cap-dependent
translation and noncanonical cap-dependent translation or
cap-independent mechanisms [26] (Figure 1).
2.2. Cap-Independent Translation Initiation. Hypoxia results
in a decreased rate of protein synthesis; yet, de novo proteins
are still expressed despite the repression of eIF4F-mediated
translation [23]. IRES sequences were ﬁrst discovered in the
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poliovirus and encephalomyocarditis virus RNA genomes
[11, 27], but a growing number of cellular IRES-containing
transcripts are being identiﬁed with the potential to be translated via cap-independent mechanisms [12]. It is important
to note, however, that the existence of cellular IREScontaining transcripts remains controversial due to the technical challenges associated with their detection (reviewed in
[28, 29]). Some classic examples of cellular IRES-containing
transcripts are those encoding the mouse hypoxia-inducible
factor- (HIF-) 1α [30] and vascular endothelial growth factor
(VEGF) [31]. Both of these proteins are central to the cellular
response to hypoxia: HIF-1α is the oxygen-regulated subunit
of the HIF-1 heterodimer that mediates the transcriptional
response to hypoxia, and VEGF plays a key role in blood
vessel formation (angiogenesis). While it is possible for the
IRES to independently interact with the 40S and 60S ribosomal subunits, canonical translation factors (e.g., eIF4A
and eIF3) and IRES-transacting factors (ITAFs) are usually
involved to enhance translation eﬃciency. To ensure selective translation of the appropriate transcript, many ITAFs
are expressed in a tissue-speciﬁc manner (reviewed in [32]).
Importantly, IRES-mediated translation accounts for less
than 1% of hypoxic protein synthesis [33]. This observation
may have been, in part, explained through the identiﬁcation
of an alternative noncanonical cap-dependent translation
machinery that is activated in hypoxic cells and mediated
by the eIF4E homolog, eIF4E2 [23].

3. eIF4E2
3.1. Discovery, Function, and Regulation. eIF4E2 (also known
as 4E homologous protein (4EHP)) was ﬁrst identiﬁed in a
human fetal brain cDNA library as 30% identical and 60%
similar to eIF4E [20]. In humans, the EIF4E2 gene is located
on the long arm of chromosome 2 and its tissue distribution
is ubiquitous albeit at 10-fold lower levels than eIF4E [34].
The peptide sequence of eIF4E2 is highly conserved with
eIF4E in a core region, possessing two Trp ➔ Tyr (Trp43
and Trp56) substitutions within the eight evolutionarily conserved tryptophan residues of eIF4E. eIF4E2 facilitates 5′ cap
binding via π–π stacking between the aromatic rings of
Tyr78 and Trp124 at 100-fold lower aﬃnity than eIF4E
[35]. Structural analysis identiﬁed the reduced aﬃnity of
eIF4E2 for the 5′ cap resulted from mutation of Arg162
that forms a stabilizing hydrogen bond with the β-phosphate of the mRNA cap in eIF4E [20]. Additionally, eIF4E2
interacts weakly or not at all with 4EBP and eIF4G, respectively [20, 36]. Structural variation around the eIF4G/4E-BP
docking sequence, (S/T)VXXFW, impairs the ability of these
proteins to associate with eIF4E2. Therefore, due to its inability to bind eIF4G, eIF4E2 inhibits translation when bound to
the 5′ cap. Some of the ﬁrst studies describing the cellular
function of eIF4E2 were performed in the developing
Drosophila embryo. The Drosophila homolog of eIF4E2
(d4EHP) inhibits the anterior translation of maternal caudal
mRNA [37] and represses belle mRNA translation in the
ovary [38]. Translation repression of hunchback mRNA in
the posterior of the embryo involves eIF4E2 [39], but it is
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not obligatory [40]. In mice, eIF4E2 inhibits the translation
of Hoxb4 mRNA in female germ cells [41] and acts as a translation repressor in a complex with GIGYF2 that is essential
for normal development in mice [42, 43]. In humans, eIF4E2
also forms a complex with GIGYF2 and/or 4E-T to repress
translation initiation [42, 44, 45]. Interestingly, while eIF4E2
binds to the transporter 4E-T, it does not require it to shuttle
to the nucleus as does eIF4E suggesting a diﬀerent role for
eIF4E2 in the nucleus [46]. The E3 ubiquitin ligase HHARI
interacts to polyubiquitylate eIF4E2, and the authors of
this study speculate that this interaction may alter its
cap-binding aﬃnity [47].
Several lines of evidence suggest that human eIF4E2 has a
distinct cytoplasmic role in the stress response. During
periods of arsenite or actinomycin D treatment, eIF4E2 is
not sequestered to stress granules or P-bodies, respectively,
like its homolog eIF4E [46]. During interferon, genotoxic
stress, and pathogen infection, the ubiquitin-like molecule
ISG15 is covalently added to eIF4E2 to increase its capbinding aﬃnity [48]. In mice with defects in glycogen
storage, EIF4E2 (named eIF4EL3 in this study) is one of 44
genes to signiﬁcantly vary by more than 1.5-fold by increasing 1.57-fold. Conversely, in mice that hyperaccumulate
glycogen, EIF4E2 levels decrease by 2.08-fold [49]. This suggests that eIF4E2 could have an inverse relationship with
energy availability, although the biological signiﬁcance has
not been explored. When normal human ﬁbroblasts experience microgravity stress during space ﬂight in cell culture,
EIF4E2 is one of 50 genes that are upregulated [50]. In mice
given a 20 min treatment of forebrain ischemia, EIF4E2 is
one of 25 genes in the hippocampus that display a greater
than 3-fold transcriptional increase (6-fold) [51]. Finally,
eIF4E2 is required for development, a process driven by hypoxia, as knockouts in both Drosophila [52] and mouse [42]
are embryonic lethal. These data present a theme where
eIF4E2 becomes available in the cytoplasm and increases in
mRNA and protein abundance in response to various forms
of stress.
In 2012, eIF4E2 was identiﬁed as an activator of translation initiation during periods of hypoxia [23]. This ﬁnding
came from the observation of HIF-2α-dependent, but transcription-independent, hypoxic accumulation of the epidermal growth factor receptor (EGFR) [23]. HIF-2α was found
to interact with RNA-binding motif 4 (RBM4) in the 3′ UTR
of hundreds of transcripts containing RNA hypoxia response
elements (rHREs) (Figure 1(b)). The HIF-2α/RBM4 complex
joins the 3′ UTR to the 5′ cap via eIF4E2, but not eIF4E, independent of the poly(A)-binding proteins [23]. The eIF4E2
interacts with eIF4A and eIF4G3 to form a hypoxic eIF4F
(eIF4FH) complex that increases translation eﬃciency independent of mRNA abundance [53] (Figure 1(b)). Interestingly, the protein levels of eIF4E2, eIF4G3, and eIF4A do not
change in hypoxia relative to normoxia [23, 53] suggesting
that posttranslational modiﬁcations or compartmentalization
may play a role in modifying their activities. On the other
hand, HIF-2α is essential for eIF4E2 activity [23]. Therefore,
HIF-2α could be the sole activator of eIF4E2 in hypoxia. Since
eIF4E2 appears to play a role in the response to other stresses
in several eukaryotes, as mentioned above, it is tempting to
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speculate that each stress induces unique activators of eIF4E2.
However, the role of eIF4E2 in other stresses besides hypoxia
has yet to be explored in humans. The eIF4E2 is a strong candidate for a general stress response translation factor that is
independent of mTORC1 regulation due to the inability to
bind, or weak binding, to 4EBP [20, 36]. Further investigation
will be required to elucidate the mechanisms of translation
initiation and regulation of eIF4FH activity.
3.2. Nomenclature and Conservation across Eukaryotes. The
protein encoded by the human EIF4E2 gene can be found
in the literature under several aliases including 4E homologous protein (4EHP), 4E-like protein (4E-LP), eIF4EL3, and
eIF4E2. This inconsistency in nomenclature for human
eIF4E2 may have caused some delays or barriers in data
dissemination because of the following: (1) One must know
to search through the literature using all of the eIF4E2 aliases
to gain access to all the available information. (2) Several
studies misleadingly state or imply that eIF4E2 is part of the
canonical translation initiation apparatus, especially those
where the EIF4E2 gene that appears in a big data set under a
diﬀerent alias such as microarray or high-throughput
sequencing [21, 49–51, 54].
The EIF4E2 gene is expressed as a divergent homolog of
eIF4E in most eukaryotes. This review has already discussed
reports of eIF4E2 function in mammals (humans and mice).
In addition, several studies have reported functions for
eIF4E2 in model organisms such as Drosophila melanogaster
[37–42, 52], Caenorhabditis elegans [55], Schizosaccharomyces pombe [56, 57], and Arabidopsis thaliana [58]. In
Drosophila, eIF4E2 is most commonly referred to as 4EHP
and is involved in translation repression during the development of the embryo [37–42, 52]. In C. elegans, the eIF4E2
homolog is named IFE-4 and is involved in the translation
initiation of a subset of mRNAs mostly required for egg
laying [55]. In S. pombe, the eIF4E2 protein is part of the translation initiation machinery and is required to resist nutrient,
salt, and temperature stress, and the eIF4E:eIF4E2 ratio shifts
from 2 : 1 at low temperature (15°C) to 1 : 5 at high temperature (42°C) [56, 57]. Similar to human eIF4E2, S. pombe
eIF4E2 binds very poorly to eIF4G (>100-fold less than eIF4E)
[56]. In A. thaliana, the eIF4E2 homolog is named novel capbinding protein (nCBP) and it can initiate the translation of a
subset of mRNAs [58]. Therefore, eIF4E2 appears to be conserved across eukaryotes and is often found to be involved in
selective translation repression or activation during stress or
development. Humans express a third member of the eIF4E
family, eIF4E3, albeit with a much more limited tissue distribution [34]. The eIF4E3 binds m7GTP in an atypical manner
[59], marginally suppresses eIF4E-dependent translation in
diﬀuse large B-cell lymphoma [60], and is a tumor suppressor
[59]. This review will not discuss eIF4E3 any further as there
are much fewer studies relative to eIF4E and eIF4E2.
3.3. eIF4E2 in Cancer. The inconsistency in human eIF4E2
nomenclature has likely played a role in delaying the dissemination of its connection to cancer. In 2003, the metastatic
potential of multiple tumor types could be predicted by a
six-gene signature that contained EIF4E2 (named eIF4EL3
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in this study) [21]. In 2011, an examination was performed
to 105 patients with metastatic non-small-cell lung carcinoma (NSCLC) for single-nucleotide polymorphisms (SNPs)
that change the rate of overall survival during treatment with
paclitaxel and carboplatin chemotherapeutics [54]. The SNP
that produced the biggest eﬀect was in individuals homozygous for an A ➔ G mutation in the third exon of EIF4E2.
These individuals had a signiﬁcantly lower rate of overall survival (p = 8 4 × 10−8 , hazard ratio = 4.22 (conﬁdence interval:
2.32–7.66)) of 7.7 months compared to 18 months for individuals who were heterozygous or homozygous for the A
allele. Additionally, expression of EIF4E2 was found to be signiﬁcantly increased in metastatic NSCLC tumors. However,
the authors incorrectly stated in this study that the EIF4E2
gene encodes eIF4E. Finally, a detection method for disorders
of the lung involving transcriptomic proﬁling was patented
in 2005 that describes changes in EIF4E2 transcript levels
(named eIF4EL3 in the patent) as a marker [61].
It was not until the response of the eIF4E2 protein to hypoxia was described at the molecular level in 2012 [23] that
studies began emerging examining its role in tumor growth.
The connection to cancer progression was not surprising
considering the identity of the eIF4E2 mRNA targets identiﬁed through PAR-CLIP [23]. Dozens of eIF4E2 mRNA targets have strong ties to cancer such as a group of receptor
tyrosine kinases including EGFR, platelet-derived growth
factor receptor-alpha, insulin-like growth factor 1 receptor,
and HER-2, which most cancers overexpress at least one. In
2014, several cancer cell lines stably depleted for eIF4E2
(U87MG glioblastoma, 786-O renal cell carcinoma, and
HCT116 colorectal carcinoma) displayed impaired proliferation and increased apoptosis only in hypoxia [22]. Moreover,
eIF4E2-depleted xenografts in mice displayed signiﬁcantly
less growth than controls. The eIF4E2 was shown to participate in active translation in hypoxic mouse xenografts, and
the growth of established tumors in mice could be halted or
reversed by treatment with shRNA targeting EIF4E2 [22].
In 2017, CDH22 mRNA was identiﬁed as a hypoxic eIF4E2
target that encodes cadherin-22, a cell-cell adhesion molecule
providing cancer cells with collective migratory and invasive
properties speciﬁcally in hypoxia [62]. Furthermore, CDH22
expression colocalized with hypoxic regions in human
glioma and breast cancer patient tumor specimens and high
protein levels signiﬁcantly correlated with tumor size, cancer
stage, and progression-free survival [62]. Thus, proteins
synthesized via eIF4E2 oﬀer the possibility of being prognostic markers of hypoxia in cancer patients and eIF4E2, an
attractive therapeutic target to disable the adaptation of cells
to the hypoxic tumor microenvironment.

4. Hypoxia
4.1. Hypoxia Inducible Factors. HIFs are the master regulators
of the transcriptional response to hypoxia in the cell. These
heterodimeric transcription factors are strongly tied to cancer
progression and consist of an oxygen-regulated α-subunit
(HIF-1α or HIF-2α) and a constitutively expressed β-subunit
(HIF-1β) (reviewed in [63, 64]). The stabilization of both
HIFs leads to angiogenesis, metabolic reprogramming,
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immortalization, evasion of apoptosis, migration and invasion, generation of cancer stem cells, and chemo- and radiotherapy resistance. While there is overlap in HIF-1α and
HIF-2α structure and function [65, 66], these two α-subunits
can have distinct roles in the cell. HIF-1α and HIF-2α share
most of their transcription targets but have been shown to
bind to distinct targets as well [67]. Interestingly, HIF-α
homologs display unexpected suppressive interactions, with
enhanced expression of HIF-2α suppressing HIF-1α and vice
versa [67]. The α-subunits also display temporal diﬀerences in
their expression. Analysis of neuroblastoma cell lines showed
that HIF-1α protein levels peak within 2 h of hypoxic exposure and then steadily decreased [68]. In contrast, HIF-2α
protein expression peaks and remains constant at ≥24 h of
hypoxia and is more abundant than HIF-1α under physiological oxygen conditions (37 mmHg or 5% O2) [68]. In vivo,
HIF-1α is expressed in all mammalian tissues and cell types
[69], and HIF-2α expression was initially characterized as
restricted to speciﬁc cell types, including developing blood
vessels and the lung [70]. However, exposure of rats to hypoxia causes HIF-2α to accumulate in all organs investigated,
including the brain, heart, lung, kidney, liver, pancreas, and
intestine [71]. Therefore, HIF-1α is likely involved in acute
responses to in vitro hypoxia and HIF-2α with chronic hypoxia. It is important to note that in vivo, HIF-1α is expressed
in chronically hypoxic tumor regions, which could be partly
due to genetic events or oxygen-independent stabilization by
several stimuli present in the tumor microenvironment
(reviewed in [72]).
The HIF-α-subunits each have nontranscriptional roles
in the cell independent of interactions with HIF-1β. HIF-1α
inhibits ﬁring of replication origins, decreases DNA replication, and induces cell cycle arrest in various cell types through
binding to Cdc6 [73]. HIF-2α binds to RBM4 in the 3′ UTR
rHRE of select transcripts as part of the eIF4E2-directed hypoxic translation machinery (Figure 1(b)), while HIF-1α does
not play a role in this process [23]. There had been previous
reports of HIF-2α, not HIF-1α, becoming trapped in the
cytoplasm upon chronic hypoxic exposure [74, 75], which is
consistent with a role in translation. It is important to note
that HIF-2α does not preferentially bind to mRNAs that are
induced by HIF-dependent transcription [23]. This suggests
that transcription and translation are distinct layers of
regulation for the hypoxic gene expression response.
4.2. Hypoxic Regulation of Translation Initiation. Regulatory
proteins are in place to regulate translation initiation by
disrupting either the assembly/loading of the PIC complex
or the assembly/cap-binding activity of eIF4F (introduced
in section 2.1). These two modes of regulation occur as a
biphasic response to hypoxia (acute and chronic) mediated
through two distinct pathways. Under endoplasmic reticulum stress induced by acute hypoxic conditions, the kinase
PERK phosphorylates eIF2α preventing its association with
Met-tRNAi and loading of the PIC, thus repressing canonical
cap-dependent translation (reviewed in [76]). However,
under chronic hypoxia, eIF2α begins to dephosphorylate
and a second pathway emerges to maintain translation
repression through disruption of eIF4F and sequestration of
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eIF4E in the cytoplasm by the 4EBPs and in the nucleus by
the transporter 4E-T [77]. During chronic hypoxia,
mTORC1 is impaired in its ability to phosphorylate the
4EBPs, which allows them to bind to eIF4E using a similar
binding motif as eIF4G (YxxxxLϕ) (reviewed in [4, 78]).
The binding of the 4E-BPs will not interfere with eIF4E
cap-binding ability but will inhibit eIF4G association and
canonical cap-dependent mRNA translation (Figure 1).
Under chronic hypoxic exposure, cells also induce the
expression of REDD1, which decreases the phosphorylation
of ribosomal S6 kinase, another mTORC1 phosphotarget,
indicating that REDD1 is involved in regulating mTORC1
during hypoxia. Likewise, the presence of the tuberous
sclerosis complex heterodimer, which is necessary for downregulating mTORC1 activity, is induced by REDD1 activity
in response to hypoxia [9]. In normal cells under chronic
hypoxia, the ability to load the PIC is regained through
dephosphorylation of eIF2α (reviewed in [76]). Repression
of eIF4E allows for mTORC1-independent mechanisms to
take over, such as noncanonical cap-dependent translation
(eIF4E2 driven) or cap-independent processes. It is important to note that hypoxic regulation of translation is
uncoupled in cancer [79] due to the frequently mutated
upstream regulators of mTORC1 (e.g., Akt [15], PTEN
[16], PI3K [17], and Ras [18]). Constitutively active
mTORC1 causes eIF4E-driven translation to be hyperactive
in most cancers and is currently a major target of cancer therapeutics (reviewed in [19]). However, evidence suggests
eIF4E2 as a signiﬁcant contributor for cancer cells to display
various cancer hallmarks, for tumor growth, and as a possible
predictor of metastasis and poor outcome [21, 22, 54, 62].
Targeting eIF4E2 relative to eIF4E has the potential to
be more selective for malignant cells (hypoxic tumor cells)
subsequently leading to lower toxicity.

5. Targeting eIF4F and eIF4FH in Cancer
It is evident that an increase in eIF4E activity is oncogenic
due to the many ways this is achieved in cancer cells such
as gene duplication, increased EIF4E transcription, and
increased eIF4E availability due to constitutive mTORC1
activation (reviewed in [80]). Phosphorylation of eIF4E via
Mnk1 increases its activity [81], and this event is common
in various cancers to drive their progression [82–84]. Several
therapeutic strategies have been developed that either interfere with mTORC1 or eIF4E (reviewed in [19]). Rapamycin
and several analogs are speciﬁc inhibitors of mTORC1 that
have been extensively used in the clinic or in clinical trials
but have shown a lower than expected eﬃcacy [85]. More
potent inhibitors of mTORC1 have been developed, such as
asTORi [85], but many tumors have displayed resistance
through a high eIF4E/4EBP ratio [86] or a switch to
mTORC1-independent translation [87] (Figure 2(a)). Inhibitors that degrade Mnk1 kinase and prevent eIF4E phosphorylation have shown promise in breast cancer cell lines [88]
(Figure 2(a)). Many eﬀorts are ongoing to directly target
eIF4E or the assembly of the eIF4F complex in various
preclinical and clinical trials (reviewed in [19]). The most
promising therapeutics includes eIF4E suppression via
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Figure 2: Summary of current therapeutic strategies targeting eIF4F and possible therapeutic interventions for eIF4FH. (a) Rapamycin and
asTORi inhibit mTORC1, allowing hypophosphorylated 4E-binding protein (4EBP) to block the eukaryotic initiation factor 4E (eIF4E)
binding site from eIF4G. Inhibitors that degrade Mnk1 kinase prevent eIF4E phosphorylation, which reduces tumor growth. The most
promising therapeutics includes eIF4E suppression via antisense oligonucleotides (ASOs) and disrupting the eIF4E-eIF4G interaction with
drugs such as 4EGI-1. Inhibiting the eIF4A RNA helicase has displayed high preclinical potency, especially silvestrol, in mouse models of
tumor progression. (b) Current evidence demonstrates that suppression of eIF4E2 via lentiviral-delivered shRNAs is eﬀective at stalling or
reversing tumor growth in mouse xenografts of several diﬀerent cancer cell lines. Drugs used to target eIF4F such as 4EGI-1 and silvestrol
could potentially also inhibit eIF4FH through blocking the eIF4E2-eIF4G3 interaction or inhibiting eIF4A, respectively. (c) The 3′ UTR
RNA hypoxia response element (rHRE) that is found in eIF4E2-dependent transcripts could be exploited as a hypoxia-inducible RNA
sequence. The rHRE would repress synthesis until the therapeutic RNA reaches the hypoxic tumor cells. This would be especially useful
when paired with a suicide gene, for example.
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antisense oligonucleotides [89, 90] and disrupting the eIF4EeIF4G interaction with drugs such as 4EGI-1 [91, 92]
(Figure 2(a)). Targeting translation has the same rationale
as the classic target of cancer therapeutics and cell proliferation: cancer cells proliferate more, therefore requiring more
mRNA translation. However, proliferation and translation
are fundamental processes that normal healthy cells utilize.
The dosage for therapeutics targeting these pathways must
be carefully considered as there could be a ﬁne line between
killing a cancer cell and a healthy cell. Targeting eIF4E2driven translation could be more selective to cancer cells, or
at least hypoxic tumor cells, rather than healthy cells because
chronic hypoxia is associated with disease.
Development of therapeutics targeting eIF4E2 is in their
infancy as this cap-binding protein has only recently been
linked to tumor growth and its mechanisms of initiation
and regulation are only beginning to be elucidated. Current
evidence demonstrates that suppression of eIF4E2 via
lentiviral-delivered shRNAs is eﬀective at stalling or reversing tumor growth in mouse xenografts of several diﬀerent
cancer cell lines [22] (Figure 2(b)). Importantly, oxygenated
cells are unaﬀected while hypoxic cells display widespread
cell death. It will be a priority that interventions targeting
eIF4E2 hit the metastatic and/or progressive phenotype,
and not just cancer cells. Therefore, while eIF4E2 is involved
in tumor growth [22] and several cancer cell hallmarks
in vitro [22, 62], future studies should aim to more tightly
link eIF4E2 to high-risk, metastatic cancer disease.
The eIF4E2 is part of the eIF4FH complex that includes an
eIF4G homolog, eIF4G3 [53]. Therefore, eﬀective strategies
that disrupt eIF4E-eIF4G interactions could be employed in
a similar fashion with eIF4E2-eIF4G3 (Figure 2(b)). Interestingly, eIF4A is also part of eIF4FH, and drugs inhibiting this
RNA helicase have displayed high preclinical potency, especially silvestrol, in mouse models of tumor progression [93].
Part of the reason that this drug is so eﬀective could be that
it disrupts both eIF4E- and eIF4E2-dependent translations
(Figure 2(b)). Because of the high sequence homology
between EIF4E and EIF4E2, some posttranslational regulatory
pathways could be shared and therapeutically exploited such
as phosphorylation.
Besides disrupting eIF4E2 activity or complex formation,
the 3′ UTR rHRE that is found in eIF4E2-dependent transcripts could be exploited as a hypoxia-inducible RNA
sequence. The hypoxia response elements found within the
promoters of HIF target genes have been used in gene therapy for cancer treatment [94, 95], but RNA has emerged as
an attractive source of gene products in place of DNA [96].
mRNA has several advantages including a lack of requirement for nuclear entry, which poses a barrier to plasmid
DNA delivery, especially in nondividing or slowly dividing
hypoxic cells. mRNA also has a negligible chance of integrating into the host genome avoiding aberrant transcription of
oncogenes. A major limitation of gene therapy is selective
expression, and an rHRE fusion could achieve this. There
is also evidence that the rHRE is not only strictly an activator of hypoxic translation but also a repressor of translation in oxygenated conditions [23]. Therefore, the rHRE
could repress synthesis until the therapeutic RNA reaches
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the hypoxic tumor region. This would be especially useful
when paired with a suicide gene, for example (Figure 2(c)).
Whether developing a small molecule inhibitor of eIF4E2
or an rHRE-RNA fusion, targeting hypoxia has its challenges
such as accessing hypoxic areas that are remote from blood
vessels and impaired uptake in hypoxic cells (reviewed in
[97]). Constant improvements are being made in nanomedicine and drug design to generate tumor-reaching vehicles
[98] and hypoxia-activated bioreductive prodrugs (reviewed
in [97]), respectively.

6. Physioxia
Another important factor to consider when investigating
cellular responses to hypoxia and targeting them with drugs
is physiological oxygen levels (physioxia). The partial oxygen
pressure within various human organs in vivo is much lower
than it is in the atmosphere [99, 100]. By the time oxygen
enters the lungs and is distributed throughout the various
tissues, its availability is well below 21% (160 mmHg). Each
tissue has its own “normoxia,” and for this reason, the term
“physioxia” is used to more eﬀectively describe the in vivo
partial oxygen pressure. The mean partial pressure of oxygen
range reported by Carreau et al. is 29.2 ± 1.8 mmHg in the
muscle to 72 ± 20 mmHg in the kidney (or the equivalent of
3.8 ± 0.2% O2 to 9.5 ± 2.6% O2) [99]. The oxygen within cells
and organelles could be even lower due to consumption rates.
In human cell culture, measures are taken to control the cellular environment to better reﬂect physiological conditions
such as temperature and pH. Oxygen is a surprisingly
neglected variable as cells are routinely cultured in ambient
air (21% O2). Furthermore, it is important to consider that
24 h is required for the dissolved oxygen in culture media
to equilibrate with the ambient air [101]. Therefore, cell culture studies in low oxygen incubators should be performed
after a 24 h exposure of either the cells or the media alone
(before adding it to the cells) to the new oxygen environment.
HIF-2α, but not HIF-1α, is stabilized under chronic 5%
O2 [68], which overlaps with the mean tissue oxygenation
of several organs. Indeed, HIF-2α activates eIF4E2directed translation in several primary cell lines at oxygen
levels as high as 5–8% O2 evidenced by eIF4E2 and
rHRE-containing transcripts associated with polysomes
[102] (Figure 3). The eIF4E and some of its most dependent
transcripts (e.g., TOP-containing mRNAs [103]) are associated with polysomes at oxygen levels as low as 1–3% O2 in
primary cells [102]. This suggests that eIF4E2 is actively
participating in translation in the low range of physioxia,
while eIF4E is active throughout the entire range. Moreover,
this provides the intriguing possibility that there is a window
within the physiological range of oxygen availability where
both eIF4E and eIF4E2 are contributing to the cellular
proteome through interactions with distinct mRNAs. Cancer cells displayed a shifted window of dual eIF4E and
eIF4E2 usage (3–12% O2) suggesting that eIF4E2 is activated and eIF4E is sequestered at higher oxygen levels
relative to primary cells [102]. Perhaps during gradual
tumor hypoxiﬁcation, there is selective pressure on hypoxic cells to repress eIF4E-dependent translation early
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Figure 3: Both eIF4E- and eIF4E2-dependent translation initiations are active in the range of human physiological tissue oxygenation. The
mean partial pressure of oxygen in human tissues (physioxia) ranges from 29.2 ± 1.8 mmHg in the muscle to 72 ± 20 mmHg in the
kidney (or the equivalent of 3.8 ± 0.2% O2 to 9.5 ± 2.6% O2). The ability of mTORC1 to phosphorylate and inactivate the eIF4E repressor
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media, 24 h is required for the dissolved oxygen to equilibrate with the ambient air.

and activate eIF4E2 early. Indeed, studies have shown that
overexpressing eIF4E selectively disables hypoxic tumor
cells [104] and eIF4E2 mRNA targets are enriched in
cancer-driving genes [22, 23, 53, 62, 102].
The implications of the above studies are twofold. First,
eIF4E2-dependent translation may be important in the normal physiology of human tissues with mean partial oxygen
pressures in the low range of physioxia such as the brain
and muscle. Several classic and modern cancer therapeutics
target essential processes such as cell proliferation and protein synthesis, but eIF4E2 initially emerged as a potential
drug target that could be more selective to cancer cells.
Therefore, the possibility that small molecule targeting of
eIF4E2 and fusing rHRE sequences to suicide genes are toxic
to at least some tissues must be noted. Second, if a fundamental process like protein synthesis is diﬀerentially regulated in
physioxia relative to the common cell culture condition of
normoxia (21% O2), then perhaps, cancer therapeutics in
general should be tested in conditions of lower oxygen.

perhaps stress-speciﬁc activators. In human cells, eIF4E2 is
part of a hypoxic eIF4F complex (eIF4FH) with eIF4G3 and
eIF4A that increases the translation eﬃciency of mRNAs
irrespective of their abundance. However, further eﬀorts are
needed to fully elucidate the mechanism of initiation through
interactions with either canonical initiation factors or their
homologs and to more tightly link eIF4E2 to high-risk,
metastatic cancer disease. The recent successes of disabling
canonical translation and eIF4E with drugs should highlight
the novel therapeutic potential of targeting the homologous
eIF4E2 in the treatment of hypoxic solid tumors.
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Although validated predictive factors for breast cancer chemoresistance are scarce, there is emerging evidence that the induction of
certain redox-regulating enzymes may contribute to a poor chemotherapy eﬀect. We investigated the possible association between
chemoresistance and cellular redox state regulation in patients undergoing neoadjuvant chemotherapy (NACT) for breast cancer.
In total, 53 women with primarily inoperable or inﬂammatory breast cancer who were treated with NACT were included in the
study. Pre-NACT core needle biopsies and postoperative tumor samples were immunohistochemically stained for nuclear factor
erythroid 2-related factor 2 (Nrf2), Kelch-like ECH-associated protein 1 (Keap1), thioredoxin (Trx), and peroxiredoxin I (Prx I).
The expression of all studied markers increased during NACT. Higher pre-NACT nuclear Prx I expression predicted smaller
size of a resected tumor (p = 0 00052; r = −0 550), and higher pre-NACT cytoplasmic Prx I expression predicted a lower amount
of evacuated nodal metastasis (p = 0 0024; r = −0 472). Pre-NACT nuclear Trx expression and pre-NACT nuclear Keap1
expression had only a minor prognostic signiﬁcance as separate factors, but when they were combined, low expression for both
antibodies before NACT predicted dismal disease-free survival (log-rank p = 0 0030). Our results suggest that redox-regulating
enzymes may serve as potential prognostic factors in primarily inoperable breast cancer patients.

1. Introduction
Breast cancer is the most common cancer among women
worldwide, and it is the ﬁfth most common cause of death
from cancer overall [1]. In Finland, 31% of the all invasive
cancers in women were breast cancers causing 16% of all
female cancer deaths during the years 2008–2012 (Association of the Nordic Cancer Registries). If the cancer is already
widely locally advanced at the time of diagnosis and thus cannot be safely removed surgically, presurgical neoadjuvant
chemotherapy (NACT) to shrink the primary tumor can be
administered. The current Finnish breast cancer guidelines
restrict NACT mainly to the patients with primarily inoperable disease due to inﬂammatory or widely locally advanced
breast cancer. These cancers usually have an aggressive
biological proﬁle, and without eﬃcient predictive factors,
valuable time may be spent on ineﬀective chemotherapy.
On the other hand, the breast cancer patients getting a

complete response for NACT have usually an excellent
outcome [2]. To save time and avoid ineﬀective chemotherapy regimens, more accurate prognostic factors for the chemotherapy responsiveness and aggressiveness of the breast
cancer are needed.
Reactive oxygen species (ROS) are involved in cellular
processes that favor cell migration and adhesion [3, 4]. Moderate oxidative stress accelerates carcinogenesis [5], while
high ROS concentration leads to apoptosis and senescence
[6]. Oxidative stress markers and antioxidant enzyme levels
may therefore be useful predictive and prognostic biomarkers in cancer. Among the most potent antioxidant
enzymes are peroxiredoxins (Prx) I–VI. Prxs are highly conserved through the living organisms from bacteria to human,
indicating the importance of these enzymes [7, 8]. Although
Prxs contribute to doxorubicin resistance of breast cancer
cells in vitro, they have also breast cancer-suppressive properties via p53 and c-Myc inhibition [9, 10]. Similarly, human
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thioredoxin (Trx, cytoplasmic and nuclear) is involved in
many physiological redox reactions but is also associated
with increased hypoxia-induced factor 1α and vascular endothelial growth factor production and also chemoresistance
in vitro [11–13].
Nrf2 (nuclear factor erythroid 2-related factor 2) belongs
to the cap’n’collar (CNC) bZIP transcription factors [14].
Under normoxia, Nrf2 is constitutively driven to proteosomal degradation by its proximal regulator, Keap1 (Kelch-like
ECH-associated protein 1). When the cell is exposed to oxidative stress, Nrf2-Keap1 interaction is disturbed and Nrf2
relocates from the cytoplasm to the nucleus where it complexes with small maf proteins and upregulates genes with
an antioxidant response element (ARE) in their regulatory
regions. Nrf2 has been suggested to play an essential role in
the development of chemoresistance [15]. Therefore, Prx
enzymes, Nrf2 transcription factor, Trx, and Keap1 are all
markers that should be studied for predictive and prognostic
use in malignancies.
Most chemotherapy agents act directly or indirectly on
the excessive production of ROS [8, 16]. Anthracyclines
(such as epirubicin and doxorubicin) and taxanes (usually
docetaxel and paclitaxel) are the standard of care in breast
cancer chemotherapy, including the neoadjuvant setting.
Anthracyclines bind to metals, such as iron, and form
drug-metal complexes. This kind of a complex is capable
of producing iron-mediated oxidative stress reaction in
the cell that leads to covalent modiﬁcation of guanine
bases of DNA [17]. The main mechanism of action of taxanes
is based on the disruption of microtubule function, but they
also exert at least their adverse eﬀects via increased ROS
production [18, 19].
The aim of the current study was to evaluate the possible association between major redox-regulating proteins
and chemoresistance in a cohort of patients with primarily
inoperable breast cancers treated with NACT. The prognostic value of the studied proteins was also assessed, both
in pre-NACT and postoperative samples. As the main
ﬁnding, immunohistochemical pre-NACT Keap1 and Trx
expressions appear to predict especially poor outcome in
these patients.

2. Materials and Methods
2.1. Patients and Samples. The study included 53 breast cancer patients, who at the time of diagnosis were inoperable due
to local invasion or inﬂammatory breast cancer. The patients
were treated with NACT in Oulu University Hospital,
Finland, during the years 2000–2015. All the patients received
a minimum of two NACT cycles (ranging from 2 to 16 cycles,
median 6 cycles) (Table 1). All patients underwent mastectomy and axillary evacuation with radical intention after
NACT. The response for NACT was classiﬁed as a complete
response (no viable cancer cells in breast or lymph nodes after
surgery), a partial response, a stable disease (no radiological
change in tumor size during the NACT), or a progressive
disease. The mean age at diagnosis was 56.4 (32–77), and
the mean follow-up time was 43.8 months (3–112). None of
the patients had earlier diagnosis of invasive breast cancer.
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Table 1: Patient characteristics.
Number of Percentage
patients
or range
Mean years of age at diagnosis
Menopausal status
Premenopausal
Postmenopausal
Not known
Bilateral breast cancer
Bilateral breast cancer
Unilateral breast cancer
NACT received
Docetaxel + doxorubicin
Docetaxel + trastuzumab
Docetaxel + epirubicin
Other chemotherapy
Median number of neoadjuvant cycles
Surgical procedure
Mastectomy and axillary evacuation
Adjuvant chemotherapy
Cyclophosphamide + epirubicin
+ ﬂuorouracil
Other chemotherapy
No adjuvant chemotherapy
Radiotherapy
Yes
No
Adjuvant endocrine therapy
Tamoxifen
Aromatase inhibitor
GnRH analogue + tamoxifen
GnRH analogue + aromatase inhibitor
Tamoxifen and aromatase inhibitor
(sequentially)
No adjuvant hormonal therapy
Recurrence status
Distant
Local
No recurrence

56.4
53
17
28
8
53
4
49
53
20
14
3
16
6.0
53
53
53

32–77
100
32.1
52.8
15.1
100
7.5
92.5
100
37.7
26.4
5.7
30.2
2–16
100
100
100

11

20.8

18
24
53
52
1
53
10
23
5
1

34
45.3
100
98.1
1.9
100
18.9
43.4
9.4
1.9

2

3.8

12
53
20
3
30

22.6
100
37.7
5.6
56.6

Tumor properties and patient data were collected from
medical records and are presented in Tables 2 and 3.
A core needle biopsy sample before NACT and a resected
tumor sample after NACT were obtained from each patient
in the study. Pre-NACT tumor sizes were available from
magnetic resonance imaging in 38 (71.7%) patients and from
ultrasound in 13 (24.5%) patients and were unmeasurable in
2 (3.8%; tumor ﬁlled the whole breast) patients. The mean
tumor size based on imaging at the time of diagnosis was
54.6 mm (10–140 mm), and after NACT, it was 31.2 mm
(0–90 mm). The average postoperative tumor size measured
from the resected tumor sample was 39.1 mm (0–150 mm).
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Table 2: Pre- and postoperative tumor sizes.

Tumor size at the
time of diagnosis
Preoperative tumor size
Postoperative tumor size

Mean size (mm) and
number of patients

Range

54.6 (50)

10–140 mm

31.2 (47)
39.1 (52)

0–90 mm
0–150 mm

Patients were classed after the TNM classiﬁcation, and
the histopathology was evaluated according to the current
WHO classiﬁcation [20]. Estrogen receptor (ER), progesterone receptor (PR), and Ki-67 expressions were analyzed by
immunohistochemistry as described previously [7]. HER2
expression was determined by immunohistochemistry, and
when an HER2-positive result appeared, gene ampliﬁcation
status was determined using chromogenic in situ hybridization. Cancers with six or more gene copies were considered
HER2 positive [21].
2.2. Immunohistochemistry. Staining was performed following the routine protocol in the Department of Pathology,
Oulu University Hospital. Tissue sections (4 μm) were cut
from the paraﬃn-embedded blocks. After deparaﬃnization
in xylene and rehydration in graded alcohol solutions, the
sections were heated in a microwave oven for 2 min
(800 W) + 10 min (150 W) in citrate buﬀer (pH 6.0) and incubated in room temperature for 20 min. Immunostaining for
Nrf2 was done the same, but the heating time at 150 W
was 15 min in Tris-EDTA buﬀer (pH 9.0). The sections
were then rinsed in distilled water and phosphatebuﬀered saline with TWEEN (PBS-TWEEN), incubated in
endogenous peroxidase-neutralizing solution (Dako S2023,
Dako A/S, Glostrup, Denmark) for 5 min, and washed twice
for 5 min in PBS-TWEEN. The Keap1 and Prx I sections
were incubated in protein block solution for 5 min.
The preprocessed slides were then incubated for 1 hr
at room temperature with the monoclonal anti-Nrf2
(ab62352, EnVision detection system, Dako A/S, Glostrup,
Denmark), anti-Keap1 (ab66620, Novolink Polymer Detection System, Leica Biosystems Newcastle Ltd., Newcastle,
UK), anti-Trx (#2429, Cell Signaling Technology, Dako A/
S, Glostrup, Denmark), and anti-Prx I (LF-PA0095, Novolink Polymer Detection System, Leica Biosystems Newcastle
Ltd., Newcastle, UK) antibodies (dilutions 1 : 400, 1 : 800,
1 : 600, and 1 : 150, resp.). The Keap1 and Prx I slides were
then incubated for 30 min in antibody-blocking solution.
All the slides were ﬁnally incubated with a biotinylated
secondary antibody and avidin-biotin-peroxidase complex
(Novolink polymer for Prx I and Keap1, Envision polymer
K5007 for Trx and Nrf2). Two rinses (5 min each) were
performed with PBS following each step of the immunostaining procedure. The color was developed with incubation of 3 min with diaminobenzidine tetrahydrochloride
(K5007, EnVision detection system, Dako A/S, Glostrup,
Denmark). The slides were rinsed in distilled water, counterstained with Mayer’s hematoxylin, washed, dehydrated,
cleared, and mounted with Depex (BDH, Poole, UK). In

Table 3: Tumor properties. Estrogen receptor (ER), progesterone
receptor (PR), Ki-67, and HER2 expressions and grade are
reported as in postoperative PAD. If unavailable in postoperative
PPS, the assessment from the core needle biopsy is reported.
Number of
patients

Percentage or
range

Response to NACT

52∗

100

Complete response
Partial response
Stable disease
Progression
Histopathological grade
Grade 1
Grade 2
Grade 3
No information or no viable
cancer cells
ER status
Negative (0%)
Weak (1–9%)
Moderate (10–59%)
High (>59%)
PR status
Negative (0%)
Weak (1–9%)
Moderate (10–59%)
High (>59%)
Ki-67 status
Negative (<5%)
Weak (5–14%)
Moderate (15–30%)
High positive (>30%)
No information or no viable
cancer cells
HER2 status
Negative
Positive (conﬁrmed with CISH)
Median number of metastatic
lymph nodes
Distant metastases at the time of
diagnosis
Absent
Present

6
44
2
0
53
1
19
19

11.3
83.0
3.8
0
100
1.9
35.8
35.8

14

26.4

53
9
8
2
34
53
23
5
3
22
53
6
12
12
22

100
17.0
15.1
3.8
64.2
100
43.4
9.4
5.6
41.5
100
11.3
22.6
22.6
41.5

1

1.9

53
37
16

100
69.8
30.2

2.0

0–20

53

100

43
10

81.1
18.9

∗

The information of pre-NACT tumor size was missing from one patient.

negative controls, the primary antibody was omitted. Samples unrelated to the study material that were known to
react with the various indicator antibodies were used as
positive controls.
Two of the authors (NR and KMH) performed the evaluation of immunostaining for the tumor cell cytoplasm and
nuclei. The intensity of the staining of both cell compartments was evaluated as 0 (negative), 1 (weakly positive), 2
(moderately positive), or 3 (strongly positive). The amount
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(a)

(b)

(c)

(d)

Figure 1: Immunohistochemical detection of protein levels of Keap1 (a), Nrf2 (b), Trx (c), and Prx I (d) in postoperative samples of NACTtreated patients. The ﬁgures represent samples with weakly positive (a), moderately/strongly positive (b), and strongly positive (c, d)
cytoplasmic staining. None of the tumor samples were totally negative, but negative staining can be seen in connective tissue (c, d).
Nuclear staining is negative in ﬁgures (b) and (d) and partly moderately positive in (a) and (c).

of stained cells was reported as percentages (0–100) out of all
malignant cells. A histological sum score, H score, was computed by multiplying the intensity and staining percentage
scores resulting in scale of 0–300 [22]. The H score allows
areas with diﬀerent intensities to be taken into account.
Separate H scores were created for both nuclear and cytoplasmic immunostaining. Raw H scores were used in statistical
analyses, with the exception of Kaplan-Meier analysis, where
two-classed variable was created based on the receiver
operating characteristic (ROC) analysis of the H score.
2.3. Statistical Analyses. For statistical analyses, ER, PR,
Ki-67, and HER2 expressions and grade were recorded as
mentioned in the postoperative pathoanatomical diagnosis
(PAD). If unavailable in postoperative PAD, the assessments from the preoperative core needle biopsy were used.
ER and PR expressions were classiﬁed into either negative
(<1% of positivity) or positive (1–100% of tumor cells positive). Ki-67 was divided into either negative to moderate
(0–30%) or high (>30%). Grade was divided into either
I-II or III for statistical analyses. Tumor size was processed
as millimeters, and the number of nodal metastases was
also treated as a continuous variable.
IBM SPSS Statistics version 22.0.0.0 for Mac (IBM
Corporation, Armonk, NY, USA) was used for statistical
analysis. Two-classed variables (ER, PR, Ki-67 grade; the
presence of multifocal disease; and bilateral breast cancer)
were tested against H scores with the independent samples

Mann-Whitney U test. Continuous variables were correlated with two-tailed Spearman’s test, with the correlation
coeﬃcient. The Wilcoxon test was applied when comparing
core needle biopsy H scores to postoperative H scores.
Survival was analyzed by using the Kaplan-Meier method
with the log-rank and Breslow tests. The endpoint in breast
cancer-speciﬁc survival (BCSS) was the conﬁrmed death
due to metastatic breast cancer while in disease-free survival
(DFS), the endpoint was either local relapse or distant
metastasis, whichever occurred earlier. Reliable multivariate
analysis could not be performed due to a low number of
samples. p values < 0.05 were considered signiﬁcant.
2.4. Ethical Considerations. This study was approved by
the Local Ethics Committee of the Ostrobothnia Hospital
District (114/2011, amendment 23.2.2015) and the National
Supervisory Authority for Welfare and Health (1339/
05.01.00.06/2009).

3. Results
In pretreatment samples, some positive cytoplasmic immunostaining for all antibodies was detected in almost all the
samples (Figure 1). Due to exhaustion of blocks or occurrence of nonrepresentative areas, especially in core needle
biopsies, the immunostaining for some patients could not
be reliably evaluated. Keap1 and Prx I showed at least some
cytoplasmic expression in all pretreatment samples, and for
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Table 4: Antigen staining in diﬀerent cell compartments. The percentages represent cases showing any immunopositivity.
Target protein
Keap1
Nrf2
Prx I
Trx

Cytoplasmic staining,
pretreatment (%)

Cytoplasmic staining,
posttreatment (%)

Nuclear staining,
pretreatment (%)

Nuclear staining,
posttreatment (%)

100.0
94.6
100.0
94.6

100.0
100.0
100.0
100.0

45.3
0
45.9
64.9

88.9
0
100.0
81.8

Nrf2 and Trx, 94.6% of the samples showed at least some
positivity (Table 4). Preoperative nuclear expression was
detected in 45.3%, 45.9%, and 64.9% of the samples for
Keap1, Prx I, and Trx, respectively (Table 4). Nrf2 was
negative for nuclear staining in all samples.
Both the cytoplasmic (p = 0 0015) and nuclear (p =
0 0013) expressions of Trx were increased during the NACT.
High cytoplasmic Trx expression in postoperative samples
was associated with negative ER expression (p = 0 027).
Elevated pretreatment cytoplasmic Nrf2 expression was
associated with HER2 negativity (p = 0 036) and ER positivity (p = 0 032).
Nuclear, but not cytoplasmic, Keap1 expression was
increased during the NACT (p = 0 022). Pre-NACT nuclear
Keap1 expression was also connected with better tumor differentiation (p = 0 029). Higher nuclear Keap1 expression
in postoperative samples was associated with the presence
of bilateral breast cancer (p = 0 026). Furthermore, expressions of Keap1 and Trx were strongly connected with each
other in postoperative cytoplasmic (p = 0 00048; r = 0 504)
and nuclear (p = 0 0024; r = 0 446) staining. Pre-NACT and
postoperative nuclear Keap1 H scores also showed a positive
correlation (p = 0 011; r = 0 376).
Nuclear Prx I expression was highly increased during
NACT (p = 0 00028), with all samples postoperatively showing some Prx I expression. The nuclear staining of Prx I in
core needle biopsies correlated inversely with the size of a
resected tumor (p = 0 00052; r = −0 550). Also, cytoplasmic
staining of the Prx I in resected tumor samples had an inverse
correlation with the amount of nodal metastasis (p = 0 0024;
r = −0 472).
We also examined whether the change in antibody H
scores between core needle biopsy and postoperative
expression was associated with clinicopathological parameters. Increased cytoplasmic Trx expression was associated
with larger primary tumor size preoperatively (p = 0 037;
r = 0 396) and postoperatively (p = 0 029; r = 0 389).
3.1. Survival Analysis. In ROC analysis, the optimal cut-oﬀ H
score of 15.0 was deﬁned for pre-NACT nuclear Trx expression with regard to DFS. Likewise, ROC analysis conﬁrmed
an optimal cut-oﬀ H score of 22.5 for pre-NACT nuclear
Keap1 in terms of DFS.
Higher pre-NACT nuclear Trx and nuclear Keap1
expressions predicted better DFS (log-rank p = 0 064; Breslow p = 0 038 and log-rank p = 0 056; Breslow p = 0 018,
resp.) (Figure 2). When pre-NACT nuclear Trx expression
and pre-NACT nuclear Keap1 expression were combined
as a single factor (0 = low expression for both, 1 = high

expression for Trx and/or Keap1), low expression of
both Trx and Keap1 predicted poor DFS highly signiﬁcantly (log-rank p = 0 0030; Breslow p = 0 00082). No signiﬁcant associations between the studied markers and BCSS
were found.

4. Discussion
Predictive factors for breast cancer chemotherapy are
scarce, to date including mainly immunohistochemical
surrogates, such as ER negativity and high Ki-67 for the
identiﬁcation of more chemosensitive luminal B-type
breast cancer [23]. Our goal was to determine if the main
regulators of the cellular redox state would have an impact
on neoadjuvant chemotherapy eﬀectiveness or patient outcome in the patients with locally advanced, primarily
inoperable breast cancer.
The Trx system, including Trx, thioredoxin reductase
(TrxR), and thioredoxin-interacting protein (TxNIP), not
only participates to the early phases of breast carcinogenesis
but is also connected to ER negativity, high proliferation,
and poor survival in breast cancer and is involved in chemotherapy resistance in vitro [24, 25]. In lymphomas, siRNA
targeted against Trx led to the sensitization of the tumor to
doxorubicin which resulted in cell growth inhibition while
in stomach cancer, Trx expression has been linked to multidrug resistance [26, 27]. Woolston et al. previously assessed
the predictive and prognostic value of Trx family proteins
in anthracycline-based NACT-treated breast cancer patients.
Although predictive markers were not recognized, patients
with high immunohistochemically determined TxNIP or
TrxR expression had dismal outcomes [28].
In our patients, both nuclear and cytoplasmic Trx
expressions increased in tumor tissue during the NACT.
Increased cytoplasmic Trx expression during NACT also
associated with a larger primary tumor size. This may
reﬂect Trx-mediated chemoresistance during the therapy;
alternatively, Trx induction may contribute to the increased
proliferation and apoptosis resistance in various cancers
[12]. Furthermore, pre-NACT nuclear Trx expression was
associated with the prolonged DFS, but only with borderline
signiﬁcance. Trx enhances anthracycline-mediated apoptosis
in breast cancer MCF-7 cells, and, again, TrxR predicts
better distant metastasis-free survival in clinical breast cancer
material [28, 29], although the prognostic role of Trx has
been less clear.
Keap1 is a cytosolic or nuclear cysteine-rich protein,
which in unstressed conditions targets newly synthesized
Nrf2 to proteosomal degradation [30]. Under oxidative

6

Oxidative Medicine and Cellular Longevity

1.0

1.0

High nuclear pre-NACT Trx expression

High pre-NACT nuclear Keap1 expression
0.8
Disease-free survival

Disease-free survival

0.8

0.6

0.4

Low nuclear pre-NACT Trx expression

0.6

Low pre-NACT nuclear Keap1 expression

0.4

0.2

0.2

0.0

0.0

Log-rank p = 0.064; Breslow p = 0.038
0

20

40

60
80
Time (months)

100

Log-rank p = 0.056; Breslow p = 0.018
0

120

20

40

60
80
Time (months)

(a)

100

120

(b)

1.0
High nuclear pre-NACT Trx-Keap1

Disease-free survival

0.8

0.6

0.4
Low nuclear pre-NACT Trx-Keap1
0.2

0.0

Log-rank p = 0.0030; Breslow p = 0.00082
0

20

40

60
80
Time (months)

100

120

(c)

Figure 2: Kaplan-Meier curves comparing preneoadjuvant chemotherapy (NACT) expression of Trx (a) and Keap1 (b). Cut-oﬀs for low and
high expression have been generated with ROC analysis. In part (c), cases with both low nuclear pre-NACT Keap1 and low nuclear preNACT Keap1 have been set against other patients. Crosses indicate censored cases.

stress, several Cys residues in Keap1 are oxidized; consequently, Nrf2 becomes stable and bypasses degradation
which ultimately results in widespread expression of antioxidant proteins [31]. Keap1 somatic mutations have been
linked to chemoresistance in various carcinomas, although
Keap1 protein expression in this context is less studied
[32–35]. Higher nuclear Keap1 expression in pre-NACT
samples predicted prolonged DFS in our patients, suggesting the block of excess Nrf2 function and the suppression
of subsequent antioxidant induction. Rather surprisingly,
no nuclear Nrf2 expression was noted in the current

study, which may at least partially be linked with technical
reasons. Analogous observations of Keap1 protein overexpression and better survival have been reported from pancreatic cancer and from squamous non-small-cell lung
carcinoma [36, 37].
In the context of breast cancer, aberrant Keap1 methylation was found as an independent prognostic factor of better
DFS (HR = 0.082), speciﬁcally in the patients treated with
anthracycline/taxane-based chemotherapy [38]. In the same
paper, Keap1 methylation associated with an increased risk
of BCSS in the subset of patients with triple-negative breast
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cancer. We have earlier reported that stronger immunohistochemical Keap1 expression is a poor prognostic factor
for BCSS [39]. The current results therefore diﬀer from
our earlier observations. However, in the patients comprising
this study, the prognostic value of Keap1 expression was
noted for untreated preoperative samples, which, according
to our knowledge, has not been explored previously. Notably,
the number of samples showing nuclear Keap1 positivity
nearly doubled during NACT, which suggests a role for
Keap1 as a gatekeeper for Nrf2 as a response to cytotoxic
therapy. The same phenomenon of markedly elevated Keap1
levels during the NACT was recently detected in ovarian
cancer patients [40].
There was a strong positive correlation between Keap1
and Trx in our study, which supports the recent hypothesis
that Trx as highly redox-reactive protein also maintains
the active state of cysteine-rich Keap1 [41]. Patients with
both low Trx and Keap1 expressions had a dismal prognosis in our current patients, with 53% having either distant
or local relapse during the ﬁrst nine months after diagnosis.
Although there were no progressive diseases during NACT
in our study cohort, the high proportion of early relapses in
low-Keap1/Trx patients suggests a negative impact for
the simultaneous loss of Trx and Keap1 due to chemosensitivity. Nevertheless, the low number of patients with
both Keap1 and Trx core needle biopsy immunostainings
available (n = 36) limits the power of the analysis making
multivariate analysis unreliable. Another potential limitation of the study may be that due to limited sample size,
we were unable to assess biological subgroups separately.
The role of Prx I in cancer development is considerably
studied but to date not yet fully deﬁned. Knockdown/knockout mice with Prx I deﬁciency are prone to elevated ROS
amounts and development of cancer [42]. Thus, high Prx
levels may protect DNA against mutations and carcinogenesis. On the other hand, Prx I gene expression induction in
MCF-7 cells has been linked to the platinum resistance,
which is likely due to the elimination of chemotherapyinduced ROS [43]. Furthermore, Prx I knockdown in HeLa
cells induces the eﬃcacy of beta-lapachone, an ROSgenerating experimental chemotherapeutic agent [44]. In
clinical samples, Prx I appears to associate with worse prognosis in pancreatic cancer, cholangiocarcinoma, hepatocellular carcinoma, and early-stage non-small-cell lung cancer
[45–48]. In contrast to this, Prx I was an independent predictor of improved outcomes in a large set of ER-positive
breast cancers [49]. Breast cancer-suppressive properties
of Prx I have been proposed to be mediated via the inhibition of c-Myc activation and p53-dependent cytotoxicity
[9, 10]. Supporting this cancer-speciﬁc role of Prx I, we
observed that elevated Prx I expression was associated
with both smaller primary tumor size and lower number
of lymph node metastases. Additionally, we noted a significant induction of Prx I during NACT, which may reﬂect
cancer cell adaptation to oxidative conditions [50, 51].
This would be in line with the previous mouse model data
showing that doxorubicin increases the mRNA and protein
expressions of Prx I, II, III, V, and VI through metallothionein activation [52].
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5. Conclusions
There appears to be signiﬁcant antioxidant enzyme upregulation during breast cancer NACT. Due to the restricted
sample size, the current study is mainly hypothesis generating and applies only to patients with primary inoperable
breast cancer. If conﬁrmed in larger and preferably in
prospective settings, especially Keap1 and Trx expression
in chemotherapy-naïve patients may serve as predictive or
prognostic biomarkers.
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The inﬂammatory condition of malignant tumors continually exposes cancer cells to reactive oxygen species, an oxidizing
condition that leads to the activation of the antioxidant defense system. A similar activation occurs with glutathione production.
This oxidant condition enables tumor cells to maintain the energy required for growth, proliferation, and evasion of cell death.
The objective of the present study was to determine the eﬀect on hepatocellular carcinoma cells of a combination treatment with
maleic anhydride derivatives (prooxidants) and quercetin (an antioxidant). The results show that the combination of a
prooxidant/antioxidant had a cytotoxic eﬀect on HuH7 and HepG2 liver cancer cells, but not on either of two normal human
epithelial cell lines or on primary hepatocytes. The combination treatment triggered apoptosis in hepatocellular carcinoma cells
by activating the intrinsic pathway and causing S phase arrest during cell cycle progression. There is also clear evidence of a
modiﬁcation in cytoskeletal actin and nucleus morphology at 24 and 48 h posttreatment. Thus, the current data suggest that the
combination of two anticarcinogenic drugs, a prooxidant followed by an antioxidant, can be further explored for antitumor
potential as a new treatment strategy.

1. Introduction
The increase in the growth, proliferation, and survival of
cancer cells is due to genetic and epigenetic changes that
result in the modiﬁcation of hundreds of genes that ﬁnally
induce aberrations in multiple pathways. One of these alterations includes the reprogramming of metabolism due to
the requirement of high levels of energy, nucleotides, amino
acids, and lipids for rapid cell growth and proliferation
[1]. The increased requirement for ATP by mitochondrial
oxidative phosphorylation generates free oxygen radicals

that induce oxidative stress, and under hypoxic or anoxic
conditions, cancer cells resolve their energy demand by utilizing glucose as a source of energy [2, 3]. Metabolic adaptations are critical for the capability of cancer cells to sustain
proliferation. Reactive oxygen species (ROS) are produced
due to the increase in metabolic activity and due to the activation of oncogenes and functional loss of p53. To modulate
the disturbance in redox balance during the process of carcinogenesis, cancer cells increase antioxidant defenses and
upregulate prosurvival molecules [4, 5]. Cancer cells exhibit
enhanced intracellular levels of glutathione (GSH) and
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gamma-glutamylcysteine synthetase and activate the transcription factors NfkB, HIF, p53, and FoxM1 [5, 6]. GSH is
one of the principal antioxidants involved in many cellular
processes. Nrf2, an oncogenic transcription factor, regulates
intracellular stress and plays a key role in the environmental
control of the abundant cellular antioxidant systems responsible for GSH production [7]. The modulation of antioxidative defense systems allows tumor cells to bypass cell death
caused by excessive levels of ROS. However, excessive ROS
production can aﬀect cancer cells, resulting in cell cycle arrest
and apoptosis [8].
Chemotherapy is considered a promising way of treating
cancer. In addition, selective targeting of cancer cells by the
modulation of ROS production has been proposed as an
excellent therapeutic alternative. Chemotherapeutic drugs
such as amino benzenesulfonamide induce apoptosis,
increase ROS, and reduce GSH levels [8]. Novel drugs have
been identiﬁed, which increase ROS levels and modulate
the mitochondrial membrane potential, making tumor cells
susceptible to cell death. Many reports have indicated that
antitumor agents exert their eﬀects by inducing ROS, but
the exact mechanism of ROS generation is not known [9].
Cancer-related multidrug resistance is associated with elevated GSH levels [10]. One of the principal criteria for potential anticancer drugs is the maximum eﬀect on cancer cells
with minimum damage to adjacent normal cells. Additionally, in recent years, there has been an increase in the demand
for the development of new and eﬀective antitumor drugs at
aﬀordable prices. The use of antitumor compounds with oxidative capacity does not harm normal cells because these
drugs amplify the levels of reactive oxygen species, but the
production of ROS in normal cells is regulated eﬃciently by
the antioxidant defense system. The production of endogenous ROS in cells is regulated by enzymatic reactions mainly
in the mitochondria. Flavonoids have emerged as alternative
cancer treatment agents because of their multiple mechanisms of action and limited toxicity. Some ﬂavonoids have
antioxidant properties, and some induce oxidative stress,
but ﬂavonoids are less toxic than conventional therapies [10].
Quercetin is one of the most abundant ﬂavonoids found
in vegetables and fruits [11]. The cancer preventive mechanisms of quercetin include antioxidation and promotion of
cell cycle arrest and cell death [12]. The anticancer eﬀect of
quercetin is mediated through their free radical-scavenging
activity. Quercetin has been found to induce apoptosis via
the inhibition of the Akt-CSN6-Myc signaling axis in colon
cancer cells [13]. Likewise, the anticarcinogenic action of
quercetin has been observed to be mediated by the downregulation of phosphatidylinositol 3-kinase (PI3K) and protein
kinase C (PKC) via the induction of p53 in hepatocellular
carcinoma [14]. It has been reported that quercetin delivered
in the form of nanoparticles induces ROS production and
p53 loss, arrests the cell cycle in the sub-G phase, and
induces apoptosis by mitochondrial pathways in HepG2
cells [15]. Despite the various mechanisms of quercetin
in eliminating tumor cells and its numerous eﬀects, several
studies have reported that it does not harm normal cells
[16, 17]. Nevertheless, contradicting reports exist regarding
the exact mechanism of action of quercetin. However,
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in vitro and in vivo studies have shown that quercetin
potentiates the anticancer eﬀect of some anticancer drugs,
and in addition to being chemically synthesized and commercially sold, it has the advantage of being a component
of diet [11].
Quercetin is eﬀective against multiple targets involved in
cancer development and progression. The goal of this study
was to combine quercetin with maleic anhydride derivatives
to enhance their ability to selectively kill tumor cells but not
normal cells. Maleic anhydride derivatives have anticancer
eﬀects, and they are strong prooxidant compounds with a
preference for cysteine [18].

2. Materials and Methods
2.1. Synthesis of Maleic Anhydride Derivatives. Synthesis was
performed according to the method described in TrujilloFerrara et al. (1994) [19]. Brieﬂy, 0.050 moles of maleic anhydride was dissolved in 75 mL of tetrahydrofuran at a 1 : 2
molar ratio. The exothermic reaction was maintained under
vigorous stirring at room temperature for 60 minutes. The
compound was separated by ﬁltration and washed with cold
ethanol (4°C), followed by incubation at 40°C in a vacuum
oven for drying. The 3′5′-dimaleimylbenzoic acid product
was obtained in 98% yield. Next, maleimide was obtained
by cyclization of its 3,5-dimaleamylbenzoic acid intermediate
precursor through the dehydration of the maleamide group
by mixing 0.028 moles of 3,5-dimaleamylbenzoic acid with
0.056 moles of anhydrous sodium acetate in a 1 : 2 molar
ratio catalyst in 60 mL of acetic anhydride. The mixture
was maintained under vigorous stirring in a water bath
at 85°C and at reﬂux for 4 hours. The reaction was ﬁltered
under vacuum, followed by incubation under gentle agitation
at 4°C. Then, 60 mL of acidiﬁed water (pH 3) was added, and
the mixture was then incubated for 24 hours and then ﬁltered, washed with doubly distilled water, and dried at
40°C. The 3,5-dimaleimylbenzoic acid product was obtained
in 80% yield. The purity of the synthesized compounds
was veriﬁed using thin layer chromatography, melting point
measurement, infrared spectrometry, and nuclear magnetic
resonance spectroscopy.
2.2. In Silico Analysis. Characterization of the local and global
reactivity indexes of the derived maleic anhydride and quercetin was performed by Gaussian version 09 and AIM2000.
For molecular structures and properties, analyses were performed using Gaussian version 09, MarvinView, and Structure Checker. Molecular modeling was carried out based on
the method reported by Andrade et al. using the GaussView
5.0 computational package and Gaussian version 09 [18].
Brieﬂy, the method used in the optimization was B3LYP,
which is based on the density functional theory; then, the frequencies were calculated using the same level of theory to
conﬁrm that the conformation has been found at a minimum
local energy [18]. The wave function was calculated using the
optimized Z matrix of each molecule; the input ﬁle for each
molecule was generated using the B3LYP method. The ionic
structures were determined using the theoretical model
UB3LYP/6-31G. All analyses were performed with the
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Gaussian package version 09. Then, the generated ﬁles
provided the value of the energy for each of the structures
to calculate the global reactivity indexes. Afterward, the
charges of each atom in all the neutral molecules and
the respective ions were calculated. Finally, the local reactivity indexes were calculated according to the formulae
described. The electronic population for the calculation
of Fukui functions was based on the formulation of the
quantum theory of atoms in molecules.
2.3. Cell Culture and Treatment. Human cancer cell lines
(HuH7 provided by Dr. Zentella Dehesa and HepG2
obtained from American Type Culture Collection, ATCC)
were maintained in Dulbecco’s Modiﬁed Eagle’s Medium
(DMEM; Gibco, 12800-017) containing 1% L-glutamine,
10% fetal bovine serum, 100 U/mL penicillin, and 100 μg/mL
streptomycin in 5% CO2 at 37°C. As a control, we used two
human epithelial cell lines (HaCaT provided by Dr. Enrique
Perez and THLE-3 obtained from ATCC) and primary
hepatocytes of male rat Fischer-344 were isolated following
the method described by Berry and Friend with modiﬁcations (1969). HaCaT cells were cultured under the same
condition as that of cancer cells. THLE-3 cells were maintained in BEGM (BEGM Bullet kit; Lonza, C3170) on
plates coated with type I collagen under the conditions
recommended by ATCC. Cells were grown until they
reached 70% conﬂuence in speciﬁc medium supplemented
with 10% FBS; then, the cells were starved for 12 hours
with 2% FBS. Compounds were immediately added, and
the cells were incubated for 12, 24, and 48 hours. The group
without treatment was considered negative control (NC).
We used an aqueous solution containing 0.2% dimethyl
sulfoxide (DMSO) as the vehicle for the compounds. The
optimal dose for quercetin (Q, Sigma-Aldrich, 32,782)
was 50 mM, and that for 3′5′-dimaleamylbenzoic acid (C1)
and 3′5′-dimaleimylbenzoic acid (C2) was 0.01 mM. The
optimal dose of each compound was used for each of the
combination treatments, with the compounds administered
30 minutes apart.
2.4. Cell Viability and Cell Cycle Assays. The eﬀect of the
treatments on the viability of cells was determined using
the MTT (3-(4, 5-dimethylthiazol-2-yl)-2,5-diphenyl tetrazolium bromide, Thermo Fisher Scientiﬁc, M6494) assay.
Brieﬂy, ELISA plates with each treatment groups were
washed with fresh culture medium and then incubated in
fresh medium containing MTT (0.5 mg/mL) for 3 hours at
37°C. The MTT-containing medium was discarded, and the
cells were incubated in DMSO to dissolve the formazan
aggregates. The intensity of the product was read at 570 nm
using an ELISA microplate reader. For cell cycle analysis by
ﬂow cytometry, the cells were washed with PBS and incubated at 37°C with 0.25% trypsin and inactivated by adding
conditioned medium with 10% FBS. Subsequently, the cells
were centrifuged at 1000g for 5 minutes, and the pellet was
resuspended in 1x PBS. The suspension was centrifuged
again under the same conditions, the supernatant was discarded, and the cell pellet was ﬁxed with EtOH (−20°C)
added dropwise with slow stirring. Subsequently, the samples
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were centrifuged, 1x PBS was added, and the cell pellet was
dissociated by pipetting, and the mixture was centrifuged
again. Finally, the supernatant was discarded, and the cell
pellet was resuspended in the staining solution (176 μL of
PBS, 4 μL of 10 mg/mL RNase and 20 μL of 1 mg/μL IP,
200 μL per sample) for 40 minutes at 37°C. Then, the cell
cycle distribution was analyzed using a FACSCalibur system.
2.5. Fluorescent Staining and TUNEL Assay. After treatment,
the cells were ﬁxed with 4% paraformaldehyde at room temperature (RT) under gentle agitation. Subsequently, the cells
were washed with 1x PBS and permeabilized with 0.1%
Triton X-100-PBS. The cells were washed again with 1x
PBS and stained with the nuclear ﬂuorescent dye Hoechst
(H3570 350/461) 1 : 5000 in 1x PBS for 5 minutes in the dark.
It was washed, and the second ﬂuorescent label phalloidin
(Thermo Fischer, A12379) was added at 1 : 1000 in 1x PBS.
The cells were washed again, and mounted with Vectashield
mounting media on conventional slides. The samples were
stored in a humid chamber at 4°C for no more than 2 weeks.
They were ﬁnally observed under a confocal microscope.
For TUNEL assay, cells were ﬁxed with 4% paraformaldehyde at RT covered with aluminum foil with gentle shaking
for 1 hour and subsequently washed with 1x PBS and
permeabilized with 0.1% Triton X-100 and 0.1% sodium
citrate with shaking for 2 minutes at 4°C. Then, the cells
were washed with 1x PBS, and the reaction was carried
out in accordance with the instructions of the manufacturer
(In Situ Cell Death Detection (ﬂuorescein), Sigma-Aldrich;
1,684,795). The samples were then incubated at 37°C in
complete darkness for 1 hour and then washed with 1x
PBS and stained with Hoechst nuclear ﬂuorescent dye
(H3570 350/461) at 1 : 5000 in 1x PBS for 5 minutes. The cells
were washed with 1x PBS and mounted with Vectashield
mounting media on conventional slides and stored in a
humid chamber at 4°C for no more than 2 weeks. Finally,
they were observed under a confocal microscope.
2.6. Immunoblotting. After the respective treatments, the cells
were washed two times with 1x PBS, scraped, and lysed in
RIPA buﬀer containing a cocktail of protease inhibitors.
The cell lysates were centrifuged for 10 minutes at 16000g.
The supernatant was collected, and the protein content in
the samples was determined using Bio-Rad protein assay
reagent (Bio-Rad, 500-0113-14-15). The samples were mixed
with 2x sample buﬀer (100 Mm TRIS-HCL pH 6.8, 4% SDS,
0.2% bromophenol blue, 5% β-mercaptoethanol, and 20%
glycerol) and boiled at 95°C for 5 minutes. Proteins from
the samples were resolved on 10–12% SDS-PAGE gels and
then transferred to PVDF membranes for immunoblotting
analysis. The membranes were blocked in 5% nonfat dried
milk or 1% BSA in PBS-t (PBS-0.1% Tween 20) for one hour.
Then, the membranes were incubated with the respective
primary antibodies (caspase-9, sc-8355; caspase-8, sc-7890;
and caspase-3, cell signaling #9662) overnight at 4°C.
After that, the membranes were washed and incubated
with HRP-conjugated secondary antibodies for two hours
at RT and developed using chemiluminescent solution
(Millipore, WBKLSO100).

4
2.7. Migration Assay. Cells were pretreated with 12 μM mitomycin C to inhibit cell proliferation during the assay. Subsequently, a scratch was made on the cell layer with a 200 μL
micropipette tip. Cells were washed with 1x PBS, and DMEM
without fetal bovine serum was added with the appropriate
compounds corresponding to each of the treatment groups.
The cells were incubated at 37°C with 5% CO2 for 24 and
48 hours, washed with 1x PBS, and ﬁxed with 4% paraformaldehyde. Subsequently, the cells were stained with 0.5% violet
crystal. The cells were then washed again with 1x PBS to
remove excess dye.
2.8. Measurement of Reactive Oxygen Species and Glutathione
Levels. The ROS assay was performed as described earlier
(Chandel et al. [20]). Brieﬂy, approximately 10,000 cells were
seeded in 96-well plates in DMEM with 10% FBS and incubated at 37°C in 5% CO2 until they reached 80% conﬂuence.
The cells were then washed with Hank’s saline solution
(HBSS 1X) and cultured with 2% FBS for 12 hours. After
serum starvation, they were again washed with 1X HBSS
and conditioned medium with 2% SFB was added with the
compounds corresponding to each of the study groups, and
the cells were incubated for 24 hours. Subsequently, they
were washed, and DCFDA working solution was added for
30 minutes at 37°C. Then, the ﬂuorescence of DCFDA was
measured using a Fluoroskan Ascent (Thermo Electron Corporation) ﬂuorometer at ʎex: 480 nm and ʎem: 515 nm. The
data were analyzed using GraphPad Prism. For the determination of glutathione concentration, cells were washed with
Hank’s saline solution and starved in DMEM with 2% FBS
for 12 hours, followed by the corresponding treatments for
24 hours. Then, the cells were washed with Hank’s saline
solution. Trypsin was then then added for speciﬁc times for
each type of cell line. Protein extraction from each of the
experimental groups was then performed. The cell pellets
were suspended in FEDTA (phosphate-buﬀered EDTA;
0.1 M monobasic sodium phosphate, 0.005 M EDTA
pH 8.0) plus 25% phosphoric acid, followed by centrifugation
at 16000g for 30 minutes. For the determination of reduced
glutathione, 125 μL of the above supernatant was taken and
mixed with 1125 mL FEDTA, and 25 μL was taken and mixed
with 450 μL of FEDTA and 25 μL of O-phthaldialdehyde.
For the determination of oxidized glutathione, 125 μL of the
above supernatant was taken and suspended in 50 μL of
0.04 M N-ethylmaleimide and incubated for 30 minutes at
RT. Subsequently, 1.07 mL of 0.1 N NaOH was added, and
25 μL of the above mixture was added to it with 450 μL
of NaOH plus 25 μL of O-phthaldialdehyde. This was
mixed and left at RT for 15 minutes in complete darkness.
The results were obtained using a ﬂuorometer at ʎex:
350 nm and ʎem: 420 nm. The data were analyzed using
GraphPad Prism.
2.9. Statistical Analysis. The data were expressed as the mean
± SEM for each analysis. Statistical analyses were performed
by one-way ANOVA and Tukey’s multiple comparison tests
using GraphPad Prism 7.0 software. Values were considered
signiﬁcant when P < 0 05.
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3. Results
3.1. In Silico Analysis and In Vitro Assay of the Compounds.
After completion of the synthesis of maleic anhydride derivatives, they were identiﬁed using infrared spectroscopy and
1
H nuclear magnetic resonance spectrometry, where the displacements exhibited a clear correspondence between the
spectra and the composition and structure of the molecules,
indicating a purity of 99%: C1, IR (ATR, cm-1) ύ: 3281.6
(NH), 1702.91 (C=O), 2800 (C-H, aromatic), C=C (1625.5)
and 1H NMR (CDCl3, 400 MHz) δ 10.80 (s, H-NH), 8.30
(s, H-6), 7.97 (s, H-2′), 7.97 (s, H-4′), 6.32 (dd, H-2), 6.42
(dd, H-3), C2, IR (ATR, cm-1) ύ: 1722.8 (C=O), 3100 (CH, aromatic), C=C (1600) and 1H NMR (CDCl3, 400 MHz)
δ 7.66 (s, H-6), 7.99 (s, H-2′), 7.99 (s, H-4′), 7.59 (s, H-3),
7.59 (s, H-4).
In maleic anhydride derivatives, there are two places in
each molecule that are susceptible to nucleophilic
attack—the carbonyl carbon (by 1,2-addition) and the oleﬁnic carbons (by Michael 1,4-addition), which are both electrophiles. However, the susceptibility of these carbons
depends on their chemical softness or hardness. We carried
out theoretical calculations in order to explore susceptibility,
including global and local reactivity and consequent selectivity. In Figure 1(a), the geometric optimization is schematized
under the same level of theory B3LYP/6-31G for compounds
C1, C2, and Q. Chemical-quantum descriptors enable us to
know the nucleophilic or electrophilic nature of a molecule
globally or locally on a relative scale [96, 97 g]. The energies
corresponding to the ionic structures (anion and cation) were
calculated under the same level of theory using the UB3LYP/
6-31G basis to prevent spin contamination (Figure 1(b)). The
global parameters described are chemical potential (μ (eV)),
donor potential μ− (eV), acceptor potential μ + (eV), global
hardness η (eV), global softness S (1/eV), electrophilicity
index ω (eV), electron-donating power ω− (eV), and
electron-accepting power ω+ (eV). GSH has a higher chemical potential, while the maleic anhydride derivatives have
lower chemical potential. These results enabled us to predict
that the electrons ﬂow from GSH to α, β-unsaturated compounds, which is conﬁrmed by the donor and acceptor
potential where the electron ﬂow occurs. For the case of Q,
there was no representative diﬀerence in μ (eV) with respect
to GSH. According to the hardness, η, interpretation, within
the context of DFT, higher values of η indicate harder molecules, which are less reactive. GSH has a η value of 4.39,
whereas C1, C2, and Q have values of 3.01, 3.39, and 3.37,
respectively. Therefore, GSH is harder than the molecules
studied. Likewise, the values of global softness, calculated as
half of the reciprocal of hardness, show the same results as
those of the hardness. In other words, lower softness corresponds to greater hardness. The results regarding the electrophilic index clearly show that the molecules C1, C2, and Q
have values of 3.41, 3.84, and 1.97 s+x , respectively, maintaining an electrophilic behavior compared with the value of
GSH. Electron-donating power and electron-accepting
power are measurements of the ability of a chemical system
to donate or accept a small fraction of the charge, respectively. The compounds C1, C2, and Q are acceptors, whereas
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Figure 1: In silico analysis. (a) Geometric optimization of 3′5-dimaleamylbenzoic acid, C1, 3′5-dimaleimylbenzoic acid, C2, and quercetin,
Q. (b) Global chemical and quantum reactivity descriptors: chemical potential, μ− (eV); donor chemical potential, μ− (eV); and acceptor
potential, μ+ (eV); global hardness, η (eV); global softness (1/eV); electrophile index, ω(eV); electron-donating power, ω− (eV); and
electron-accepting power, ω+ (eV) under the same theory level B3LYP with the 6-31G basis. (c) IUPAC-based numerical assignment. (d)
Local softness, s+x , of oleﬁnic carbons and carbonyl carbon of C1 and C2 versus local softness, s−x , of the sulfur atom (S) of glutathione
(GSH) assessed using Fukui condensed function.
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the GSH molecule is a donor. The chemical structures for the
compounds C1, C2, and Q are represented in Figure 1(c). In
the local softness analysis, the oleﬁnic carbons of C1 and C2
are more susceptible to thiol attack than the carbonyl carbons
because they are highly electrophilic. On the other hand, the
thiol group of GSH has a local softness, s−x , value of 0.024 at
the sulfur atom (S) corresponding to the sulfhydryl group
(SH), which has a nucleophilic behavior, so it can be an electron donor. Sulfur is the most suitable atom to carry out this
attack against the oleﬁnic carbons of C1 and C2, as it is a soft
nucleophile (Figures 1(c) and 1(d)).
3.2. Synergistic Eﬀects of the Combination of C1 and C2 with
Q on Cell Viability. One of the principal traits of cancer cells
is their ability to sustain proliferation. The viability of cultured cells can be determined by the MTT assay. Metabolically active cells reduce the pale yellow tetrazolium salt
(MTT) to purple-colored formazan. The absorbance of formazan correlates directly with the number of viable cells.
Cytotoxic eﬀects of Q, C1, and C2 were clearly observed in
HuH7 and HepG2 at 12 hours after treatment (data not
show). The results at 24 and 48 hours posttreatment indicated signiﬁcantly higher toxicity in all the cancer cell lines
tested. C1 had the strongest eﬀect by itself with a 66.19%
reduction in HuH7 cells and 80.2% in HepG2 cells at 48
hours (Figures 2(c) and 2(d)). The eﬀect of the combination
of Q with prooxidant compounds was not signiﬁcantly diﬀerent from the eﬀect of each treatment alone. However, when
the prooxidant compounds were administered prior to quercetin, the antiproliferative eﬀect was signiﬁcantly diﬀerent
(Figures 2(e) and 2(f)). The greatest eﬀect was observed at
48 hours for the HepG2 cells. Interestingly, the C1 + Q treatment was the most eﬀective combination exhibiting a reduction of 80.3% and 90.1% in the number of HuH7 and HepG2
cells, respectively, at 48 hours posttreatment (Figures 2(c)
and 2(d)). The noncancerous human hepatocytes and epithelial cells, as well as the primary culture of hepatocytes from
healthy rats, did not show signiﬁcant changes at 12 and 24
hours posttreatment (data not shown). Subtle changes in
HaCaT (Q and C2 + Q groups) and HepG2 (Q, Q + C1, and
Q + C2 groups) cells were observed at 48 hours posttreatment
(Figures 2(g) and 2(h)). The primary culture of hepatocytes
was more sensitive to Q, Q + C1, and Q + C2 (Figure 2(i)).
It is important to note that the most eﬀective treatments
(C1 + Q and C2 + Q) against the cancer cell lines did not have
a signiﬁcant toxic eﬀect on noncancer cell lines in terms of
compromised cell viability.
3.3. Synergistic Induction of S Phase Arrest during Cell Cycle
Progression by the Combination of C1 and C2 with Q. Cancer
cells have the capability to continually respond to positively
acting growth stimulatory signals. HuH7 and HepG2 cells
were subjected to ﬂow cytometric analyses following treatment. The results showed an S phase arrest following 24
hours of Q + C2, C1 + Q, and C2 + Q treatments in both cell
lines (Figure 3). Quercetin by itself induced cell cycle arrest
at the G0/G1 phase with 68.49% and 63.01% arrested
HuH7 and HepG2 cells, respectively (Figure 3(b)). Additionally, C1 treatment induced G0/G1 phase arrest during cell
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cycle progression. The greatest eﬀect was induced by treatment with C1 + Q, C1 + Q, and Q + C2 (P < 0 0001) with a
100% decrease in the fraction of cells in G2/M phase. Thus,
the results show that the compound by themselves induce cell
cycle arrest at G0/G1 phase, and in combination, the compounds arrest cells at S phase.
3.4. Eﬀects of the Combination of C1 and C2 with Q on ROS
Generation and Oxidative Stress. To evaluate the possible
cytotoxic eﬀects of the combination of C1 and C2 with Q
on the extent of oxidative stress, ROS generation and redox
state of glutathione were determined by ﬂuorometric analysis. Cancer cells subjected to the antioxidant treatment (Q)
exhibited signiﬁcantly reduced (P < 0 0001) ROS levels of
73.1% and 68.9% in HuH7 and HepG2 cells, respectively
(Figure 4(a)). Treatment with Q + C1 and Q + C2 had a weak
eﬀect on decreasing the ROS levels in both cell lines. Treatment with the prooxidants (C1 and C2) increased ROS levels
by 38.9% and 75.26%, respectively, in HuH7 cells. The compounds had a similar eﬀect on HepG2 cells. Treatment with
Q in combination with the prooxidant compounds tended
to decrease ROS levels in both cell lines. The results show that
the combination of the prooxidant compounds followed by
quercetin increases the level of ROS. The antioxidant eﬀect
of quercetin was clearly demonstrated by the redox state of
GSH, as there was a signiﬁcant increase in the level of
reduced glutathione and the GSH/GSSG index in addition
to a decrease in the level of oxidized glutathione in both cell
lines. Compounds C1 and C2 decreased the levels of reduced
and oxidized glutathione by decreasing the GSH/GSSG index
as well as the de novo synthesis of glutathione in both cell
lines (Figure 4(b)). The application of quercetin followed by
the oxidative compounds did not result in signiﬁcant changes
in the levels of reduced and oxidized glutathione in the HuH7
cells. However, the same treatments in the HepG2 line
increased the level of reduced glutathione and the de novo
synthesis of glutathione. In addition, when the prooxidant
compounds were administered ﬁrst, followed by treatment
with quercetin, a signiﬁcant decrease was observed in the
levels of reduced and oxidized glutathione as well as in the
de novo synthesis of glutathione and the GSH/GSSG index.
These results demonstrate the modiﬁcation of the redox state
by prooxidant treatments and the eﬀect of quercetin when it
is administered before or after oxidative compounds.
3.5. Synergistic Eﬀects of the Combination of C1 and C2
with Q in Cytoskeletal Actin and Nuclear Morphology.
Cancer cells are known to be exceptionally resistant to
apoptosis. Hoechst H3570 is often used to distinguish condensed pyknotic nuclei in apoptotic cells, as it has the
ability to easily cross the cell membrane due to its lipophilic nature. Actin was stained with phalloidin A12379
to observe if there were any changes. We observed nuclear
condensation in all experimental groups at 24 hours posttreatment (Supplementary Material 1A and 1B available
online at https://doi.org/10.1155/2017/2734976). The degradation of actin and DNA was observed mainly in the groups
treated with combinations, and a stronger eﬀect was observed
on the HepG2 cells (Figure 5). At 48 hours posttreatment, we
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Figure 2: Eﬀect on the viability of human liver cancer cells determined using MTT assay. (a), (c) HuH7 cells, (b), (d) HepG2 cells at 24 and 48
hours posttreatment. Eﬀect on the viability of noncancerous human epithelial cells. (g) HaCaT cells, (h) THLE-3 cells, (i) primary culture of
Fischer-344 rat hepatocytes at 48 hours posttreatment. (e), (f) Signiﬁcant diﬀerences of the pleiotropic synergistic eﬀect on cancer cells by Q
+ C1 and Q + C2 versus C1 + Q and C2 + Q. All data are presented as the mean ± SEM of 4 experiments; statistical evaluations were performed
using Tukey’s one-way ANOVA to obtain signiﬁcant diﬀerences (∗ P < 0 05, ∗∗∗ P < 0 001) with normalization based on the vehicle group.
NC, normal control; DMSO, vehicle; Q, quercetin; C1, 3′5-dimaleamylbenzoic acid; C2, 3′5-dimaleimylbenzoic acid.
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Figure 3: Cell cycle progression by ﬂow cytometry in cells. (a) HuH7 and (b) HepG2 cells at 24 hours posttreatment; (c) treatment with Q, C1,
C2, and Q + C1 arrests cells in the G0/G1 phase of the cell cycle, and treatment with Q + C2, C1 + Q, and C2 + Q arrests cells in the S phase of
the cell cycle; the G2/M phase is aﬀected by all treatments. All data are presented as the mean ± SEM of 4 experiments; statistical evaluations
were performed using Tukey’s one-way ANOVA to obtain signiﬁcant diﬀerences (∗∗∗ P < 0 001) with normalization based on the vehicle
group treated with DMSO.
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Figure 4: Eﬀect of the treatments on ROS production assessed from the oxidation of DCFDA by hydrogen peroxide using ﬂuorometric assay
on HuH7 and HepG2 cells at 24 hours posttreatment; (b) determination of GSH and GSSG levels by ﬂuorometric assay per mmol/mg protein
at 24 hours posttreatment in HuH7 and HepG2 cells. All data are presented as the mean ± SEM of 3 experiments; statistical evaluations were
performed using Tukey’s one-way ANOVA to obtain signiﬁcant diﬀerences (∗ P < 0 05, ∗∗ P < 0 01, and ∗∗∗ P < 0 001) with normalization
based on the vehicle group treated with DMSO.

found more marked morphological change characteristic of
apoptosis, with the treatment with C1 followed by quercetin
being the most eﬃcient (Figure 6). The apoptotic eﬀect of
the single administration of C1 was not signiﬁcantly diﬀerent
in terms of toxicity in comparison to that observed when it
was combined with quercetin (Supplementary Material 1).
No eﬀect was observed on cytoskeletal actin and nuclear
morphology when quercetin was administered alone. The
cell line HepG2 was the most susceptible to the apoptotic
eﬀects of the treatments.
3.6. Anticarcinogenesis Treatment Induces Apoptosis. The
number of pyknotic nuclei (which correspond to fragmented
DNA) were quantiﬁed at 24 and 48 hours posttreatment
(Figures 7(a), 7(b), 7(c), 7(d), 7(e), and 7(f); Supplementary
Materials 1E–H). There were statistically signiﬁcant changes
(P < 0 001) in most groups; the highest number of pyknotic
nuclei was observed in the C1 + Q (48.3%) and C2 + Q
(44.22%) treatment groups at 24 hours posttreatment, with
an average of 75.1% in HuH7 cells at 48 hours posttreatment
(Figures 7(a) and 7(c)). We observed the strongest eﬀect in
the HepG2 cells in response to C1 + Q (89.13) and C2 + Q
(84%) at 24 hours posttreatment (Figures 7(b) and 7(d)). In
general, single treatment with C1 was the most eﬀective in
inducing pyknotic nuclei with the maximum eﬀect at 48
hours posttreatment (Supplementary Materials 1G and 1H).
No signiﬁcant changes were observed for each of the

treatment groups at 12 and 24 hours in the noncancerous
human cells that were stained with Hoechst and phalloidin.
However, after prolonged exposure and starvation for more
than 48 hours, some pyknotic nuclei were observed in the
control cells. Figures 7(e) and 7(f) represent the quantiﬁed
results for the apoptotic nuclei at 24 and 48 hours posttreatment, and the eﬀect was minimal in the control groups. The
number of cells positive for TUNEL (cells stained in green)
was increased in response to treatment with C1 + Q and C2
+ Q compared to those in response to the treatment with
each of the compounds alone at 24 hours after treatment.
This same behavior was observed at 48 hours posttreatment;
however, the number of living cells was already lower at that
time point than at 24 hours, which is why the number of fragmented nuclei was smaller. This assay demonstrated that the
administration of the compounds individually leads to a
lower extent of cell death.
3.7. Synergistic Eﬀects of the Combination of C1 and C2 with
Q on Activating the Intrinsic Pathway of Apoptosis. To determine the mechanism of apoptosis induced by the administration of C1 and C2 in combination with Q, Western blotting
was performed. Cell lysates were prepared and analyzed for
caspase-8, caspase-9, and caspase-3 expressions at 12, 24,
36, and 48 hours posttreatment. The results showed an
increase in the level of procaspase-9 in all groups posttreatment (Figures 8(a), 8(b), 8(c), and 8(d)). The cleavage of

10

Oxidative Medicine and Cellular Longevity
DMSO

Q + C1

Q + C2

C1 + Q

C2 + Q

Merge

Phalloidin

Hoeschst

NC

24 h
(a)

DMSO

Q + C1

Q + C2

C1 + Q

C2 + Q

Merge

Phalloidin

Hoeschst

NC

24 h
(b)

Figure 5: Synergistic eﬀects of C1 and C2 in combination with Q on cytoskeletal actin and nuclear morphology in human liver cancer cells (a)
HuH7 and (b) HepG2 at 24 hours posttreatment. Hoechst nuclear staining is shown in cyan, and F actin staining by phalloidin is shown in red
at a magniﬁcation of 40x.

caspase-9, an apoptotic marker, increased in all treatment
groups, although the highest level was observed in the C1
+ Q- and C2 + Q-treated HuH7 cells, and C2 + Q also
strongly activated caspase-9 in HepG2 cells at 24 hours posttreatment (Figures 8(e) and 8(f)). The level of activated
caspase-3 was conﬁrmed in all treatment groups, although
the highest level was observed in the C1 + Q and C2 + Q treatments in both cell lines at 36 h posttreatment (Figures 8(g),
8(h), 8(i), and 8(j)). The expression of procaspase-8 was
observed from 12 hours onwards posttreatment in all experimental groups, and active caspase-8 was not observed (data
not show).

4. Discussion
Hepatocellular carcinoma (HCC) is one of the most common
causes of cancer-related death worldwide [21]. Similar to
other types of cancers, HCC arises from a multistep and multifactorial process. Diﬀerent risk factors determine the

progression of HCC malignancy, and treatments are not eﬃcient when it is detected. Although the relationship is not
clear, diet has an important role in the development of
HCC [22, 23]. This has led to the use of chemopreventive
substances as alternative treatments. Antioxidants in the diet,
such as ﬂavonoids contained in several fruits and vegetables,
have been used in animal models to show beneﬁcial eﬀects
against liver tumors to induce apoptosis, and they have been
shown to cause death in cancer cell lines [22, 24, 25]. Quercetin, a ﬂavonoid widely studied as a chemopreventive agent in
diﬀerent types of cancer, is considered an excellent antioxidant [25]. It has been proven that quercetin inhibits metabolic activities and induces cell death by apoptosis in HCC
cell lines such as HepG2, HuH7, and Hep3B2 [26]. Additionally, quercetin has been associated with the inhibition of
enzymes that activate carcinogens and the suppression of
key signal transduction pathways and receptor interactions.
However, several studies have indicated that the anticancer
activities and eﬃcacy of quercetin can be further enhanced
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Figure 6: Synergistic eﬀect of the combination of Q with C1 and C2 versus C1 and C2 with Q on cytoskeletal actin and nuclear morphology in
(a) HuH7 and (b) HepG2 cells at 48 hours posttreatment. Hoechst nuclear staining is shown in cyan, and F actin staining by phalloidin is
shown in red at a magniﬁcation of 40x.

by combining it with other compounds [27–29]. The discovery of new drugs and novel therapeutic approaches for hepatocellular carcinoma opens the possibility of developing
more eﬀective strategies against various human cancers. In
this regard, maleic anhydride derivatives have been shown
to have anti-inﬂammatory and antiproliferative eﬀects and
to interfere with diﬀerent cellular signaling pathways that
depend on the availability of reduced thiols [30].
For the ﬁrst time, our study demonstrates the cytotoxic
eﬀects of maleic anhydride derivatives (C1 and C2) on
HuH7 and HepG2 cells (Figure 2). C1 and C2 can synergize
with quercetin to inhibit cell viability. Additionally, we demonstrate the cancer preventive eﬀect of quercetin and show
that even when administered alone, C1 and C2 can exert
cytotoxic eﬀects on HuH7 and HepG2 cells at 24 and 48
hours after treatment. C1 and C2 were more cytotoxic
against tumor cells compared to quercetin. The maximum
of cytotoxic eﬀect was observed when the compounds C1
and C2 were administered before quercetin. Interestingly,

this eﬀect was not observed in noncarcinogenic cell lines.
These results suggest the selectivity of antitumor eﬀect
exerted by the compounds and indicate the possibility of
a treatment approach that does not result in harmful
eﬀects on normal cells. However, the ability of quercetin
to avert damage to normal cells has been previously
reported [31]. The primary culture of hepatocytes was
more sensitive to quercetin and the rest of the agents,
except for the combinations C1 + Q and C2 + Q until 48
hours posttreatment. The noncancerous cells HaCaT and
THLE-3 cells did not display drastic cytotoxic eﬀects after
48 hours of treatment. Extensive studies have been conducted to determine the optimal antitumor dose of quercetin
and other ﬂavonoids, and the experimental results indicate
that cell viability is inhibited by quercetin in a time- and
dose-dependent manner [13, 32]. We observed that the combination of maleic anhydride derivatives followed by quercetin decreased cell viability with a speciﬁc and almost selective
eﬀect on tumor cells.
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Figure 7: Quantiﬁcation of pyknotic nuclei by staining with Hoechst in cells (a), (c) HuH7 cells, (b) (d) HepG2 cells, and (e), (f) HaCaT cells
at 24 hours and 48 hours posttreatment. All data are presented as the mean ± SEM of 3 experiments; statistical evaluations were performed
using Tukey’s one-way ANOVA to obtain signiﬁcant diﬀerences (∗∗ P < 0 01, ∗∗∗ P < 0 001) with normalization based on the vehicle group
treated with DMSO. (g) TUNEL assay in HepG2 cells; nuclear staining of Hoechst is shown in red, and TUNEL is shown in green at a
magniﬁcation of 40x.

The transformation changes occurring during carcinogenesis include the ability to respond to growth factors and
produce mitogenic signals [33]. The progression of the cell
cycle implies a sequential activation of CDKs. To test the
mechanism of antitumor eﬀect in this respect, we analyzed
cell cycle progression. Our data in HuH7 and HepG2 cells
revealed that treatment with Q + C2, C1 + Q, and C2 + Q
resulted in S phase arrest concomitantly with a reduction in
the proportion of cells in the G2/M phase. Individual

treatment with Q and C1 and combined treatment with Q
+ C1 induced arrest in the G0/G1 phase. A similar G0/G1
phase arrest by quercetin has been observed in HL-60,
U937, and OE33 cells, resulting in caspase-dependent cell
death [12, 34, 35]. These results demonstrate speciﬁc
responses depending on the administration schedule of the
compounds and the type of cells used. Quercetin induces
cytotoxicity in cancer cell lines in a dose-dependent manner
and activates the mitochondrial pathway of apoptosis [36].
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Figure 8: Activation of the intrinsic pathway of apoptosis after the eﬀect induced by individual and combination treatments. Expression of
procaspase-9 at 46 kDa and activation of caspase-9 at 35 kDa in (a) HuH7 and (b) HepG2 cells at 24 h posttreatment. Expression of
procaspase-3 at 32 kDa and activation of caspase-3 at 21 kDa were observed at 36 hours posttreatment in (g) HuH7 and (h) HepG2 cells.
For all cases, actin was used as a control of protein loading. (c), (d), (e), (f), (i), and (j) graphs corresponding to the colorimetric
quantiﬁcation by ImageJ. All data are presented as the mean ± SEM of 4 experiments; statistical evaluations were performed using oneway ANOVA with Tukey’s test to obtain signiﬁcant diﬀerences (∗ P < 0 05, ∗∗ P < 0 01, and ∗∗∗ P < 0 001) with normalization based on the
vehicle group treated with DMSO.
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In leukemic cell lines, quercetin induces S phase arrest during
cell cycle progression in a dose-dependent manner, although
Nalm6 cells exhibit maximum sensitivity to the cytotoxic
eﬀects of quercetin at relatively low doses (10 μM). Breast
cancer cell lines display limited sensitivity to quercetin; in
T47D cells IC50 value was 160 μM [36]. Quercetin was
shown to induce cytotoxicity and lead to G2/M phase arrest
in a dose-dependent manner in ovarian cancer cells. The
G2/M phase arrest increased after treatment with 100 μg/
mL quercetin aglycone [37]. Interestingly, when quercetin
was tested in ovarian cancer cells, the cells showed much less
sensitivity, and at high doses of quercetin, the viability of normal ovarian cells was not signiﬁcantly aﬀected [32].
Cancer cells generate ROS due to their increased requirement for ATP; the imbalance between antioxidants and
prooxidants results in oxidative stress that eventually promotes cell death [38]. However, due to deregulated redox balance, cancer cells escape programmed cell death regardless of
the persistently higher ROS, in a more eﬃcient manner than
normal cells, while the higher intracellular levels of reduced
glutathione promote cell survival in tumors. Additionally,
anticancer drugs have been shown to exert apoptotic eﬀects
based on GSH depletion [39]. Our results showed that treatment of HuH7 and HepG2 cells with C1, C2, C1 + Q, and C2
+ Q results in an increase in ROS levels and concomitant
decrease in GSH. The combination of maleic anhydride
derivatives and quercetin has a greater eﬀect on the GSH/
GSSH index. The in vitro analysis of maleic anhydride derivatives clearly showed a selective reaction with the thiol group
of glutathione [18]. Our ﬁndings show that C1 and C2
decrease the levels of reduced glutathione in HuH7 and
HepG2 cells. According to the results of our in silico analysis,
maleic anhydride derivatives are electron acceptors and
therefore have an electrophilic behavior. In addition, the oxidative eﬀects of C1 and C2 are limited by quercetin. When
quercetin is administered before the maleic anhydride derivatives, the depletion of ROS and reduced glutathione by C1
and C2 is restricted. However, the combination of maleic
anhydride derivatives and quercetin resulted in a greater
decrease in the level of reduced glutathione. Surprisingly,
with this combination and order of administration, high
ROS levels were observed despite the presence of quercetin.
According to the results obtained, it is possible to conclude
that changes in glutathione and ROS levels might account
for the greater antitumor eﬀect of the administration of C1
and C2 before quercetin. Quercetin and its potentially toxic
oxidation products (semiquinone and quinone radicals)
exert prooxidant eﬀects within cells as a consequence of persistent exposure to persistent high ROS levels, and these radicals, with high reactivity toward thiols, react with GSH [24,
40, 41]. The other ways in which quercetin acts as a prooxidant may be by altering ROS metabolism due to the decrease
in intracellular GSH or by downregulating heat shock protein
(Hsp)-90 and inhibiting TRX reductase.
Since GSH is one of the main cellular free radical scavengers in addition to thioredoxin family members, a high glutathione index indicates redox balance and appropriate
intracellular redox homeostasis. ROS are implicated in cell
invasion and migration. Further, we show that antitumor
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compounds inhibit the migration of HuH7 and HepG2 cells
(Supplementary 2A and 2B). It has been shown that quercetin can prevent cell migration and epithelial-mesenchymal
transition by suppressing the expression of N-cadherin and
vimentin in prostate cancer cell lines with no cytotoxic eﬀect
on normal prostate epithelial cells. The combination of antioxidants has shown potent and signiﬁcant induction of apoptosis and suppression of cell proliferation, MMP secretion,
cell invasion, cell migration, and angiogenesis. Similarly,
quercetin has been shown to synergize with epigallocatechin
gallate to inhibit stemness, invasion, and migration of prostate cancer cells [29].
Our results, therefore, show that concomitant eﬀects of
maleic anhydride derivatives and quercetin in HCC cell lines
induced cytotoxicity by a deregulation in the adaptive stress
responses (ROS increase and diminish reduced glutathione)
reﬂected in cell cycle arrest at S phase. To conﬁrm that the
cytotoxicity eﬀects induced by treatment with antitumor
agents resulted in apoptosis, Hoechst staining and TUNEL
assay were performed. Our data have validated the apoptotic
eﬀects of treatment with antitumor agents, with the highest
eﬀects with the administration of maleic anhydride derivatives before quercetin. Consistent with our ﬁndings, it has
been previously reported that the decrease in intracellularreduced glutathione and increase of reactive oxygen species
trigger apoptosis. Additionally, several reports have demonstrated that increased ROS act upstream of caspase-3 activation. Accumulation of ROS after treatment with antitumor
agents was shown to induce DNA damage and apoptosis by
decreasing the mitochondrial membrane potential resulting
in the release of cytochrome C [42]. To determine the mechanisms by which treatment with antitumor agents induce
apoptosis, Western blotting was performed. The results
showed an increase in the levels of procaspase-9 and
caspase-9; however, no signiﬁcant eﬀects were observed
in the activation of caspase-8. The observed increase in
the level of activated caspase-3 and cleaved caspase-9 conﬁrmed the activation of the intrinsic pathway of apoptosis.
Our ﬁndings indicate that quercetin alone clearly decreases
the reactive oxygen species and increases the levels of
reduced glutathione, the GSH/GSSG index, and the de novo
synthesis of glutathione, and despite this, it induces mitochondrial apoptosis. The eﬀect of quercetin on HCC cells
can be explained based on the previous studies that have
attributed this eﬀect to the direct interaction of quercetin
with DNA, which enables it to modulate proapoptotic and
antiapoptotic proteins, inhibit the PI3K/Akt pathway, and
thus decrease survival.

5. Conclusions
The present study indicated that treatment with C1, C2, or Q
individually exerts cytotoxic eﬀect on tumor cell lines, but the
combination of maleic anhydride derivatives and quercetin
exacerbates the cytotoxic eﬀects. HuH7 and HepG2 cell are
highly sensitive to growth inhibition by treatment with C1
+ Q and C2 + Q. The combination treatment can block cell
cycle progression at the S phase, whereas the individual treatments inhibit the cell cycle at the G0/G1 phase. The cytotoxic
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treatment triggers the mitochondrial apoptotic pathway by
regulating the expression of caspase-9 and activating
caspase-3. C1 and C2 increased ROS levels, and quercetin
depleted ROS production. The combination treatments
C1 + Q and C2 + Q increased ROS levels and depleted
GSH in HuH7 and HepG2 cells at 24 and 48 hours. These
ﬁndings demonstrate the pleiotropic eﬀects of the combination of maleic anhydride derivatives and quercetin on liver
cancer cells and open the possibility of using their eﬀective
chemopreventive eﬀects in hepatocellular carcinoma.
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Lysosomes are membrane-bound vesicles that contain hydrolases for the degradation and recycling of essential nutrients to
maintain homeostasis within cells. Cancer cells have increased lysosomal function to proliferate, metabolize, and adapt to
stressful environments. This has made cancer cells susceptible to lysosomal membrane permeabilization (LMP). There are many
factors that mediate LMP such as Bcl-2 family member, p53; sphingosine; and oxidative stress which are often altered in cancer.
Upon lysosomal disruption, reactive oxygen species (ROS) levels increase leading to lipid peroxidation, mitochondrial
dysfunction, autophagy, and reactive iron. Cathepsins are also released causing degradation of macromolecules and cellular
structures. This ultimately kills the cancer cell through diﬀerent types of cell death (apoptosis, autosis, or ferroptosis). In this
review, we will explore the contributions lysosomes play in inducing cell death, how this is regulated by ROS in cancer, and how
lysosomotropic agents might be utilized to treat cancers.

1. Introduction

2. Lysosomal Biology

Lysosomes are membrane-enclosed vesicles that contain at
least 60 hydrolases within an acidic environment. These
hydrolases, which include the cathepsin family of proteases,
are responsible for degradation, recycling, and disposal of
cellular macromolecules [1]. Lysosomes are often termed
the garbage disposal of the cell, but as our knowledge and
understanding increase, the roles lysosomes play in other
cellular functions expand [2]. The lysosomal degradation
pathway regulates a variety of cellular functions such as
autophagy, endocytosis, and phagocytosis to maintain cellular homeostasis [1]. In addition, this pathway directly or indirectly regulates cell signaling, metabolism, and degradation
of protein aggregates and damaged organelles [3–5]. When
the degradative pathway is dysregulated, diseases such as
cancer can progress. This makes lysosomes a potential target
for cancer therapy.

Lysosomes are the most acidic vesicles within the cell. This
acidic pH is maintained by the action of a proton pump
which hydrolyzes ATP to ADP in order to pump an H+ ion
into the lumen of the lysosome [6]. The lysosomal membrane
consists of a lipid bilayer and membrane proteins. The most
abundant lysosomal membrane proteins are lysosomeassociated membrane proteins 1 and 2 (LAMP-1 and
LAMP-2). The inner lumen of these proteins is highly glycosylated and protects the lysosomal membrane from the digestive enzymes [7, 8]. These enzymes can digest DNA, RNA,
sugars, lipids, and proteins. Among these enzymes is the
diverse cathepsin protease family. Cathepsins A and G are
serine proteases, meaning that their active site contains a vital
serine. Cathepsins B, C, F, H, K, L, O, S, V, X, and W are cysteine proteases. Cathepsins D and E are aspartic proteases.
Cysteine cathepsins are the most stable and active at an acidic
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pH. Like caspases, cathepsins have a wide range of cellular
substrates. Cystatins, thyropins, and serpins prevent
cathepsin substrates from binding and are thus endogenous inhibitors of cathepsins [9].
Lysosomal biogenesis is controlled by master regulators
transcription factor EB (TFEB) and microphthalmiaassociated transcription factor (MITF). These proteins
receive cues in the cytoplasm and translocate into the
nucleus to induce the transcription of lysosomal biogenesis
network of genes [5, 10, 11]. TFEB and MITF are phosphorylated by mTOR in the cytoplasm and retained there by
binding to 14-3-3 proteins [10]. Upon inhibition of the
mTOR pathway under stress conditions, lysosomal biogenesis could be activated.

3. Lysosomes in Cancer
Lysosomes have been associated with diseases such as lysosomal storage disorders, neurodegenerative disorders, and
cardiovascular disease [12, 13]. In cancer, lysosomal function
is also altered. Many cancer cells have increased the number
of lysosomes to maintain homeostasis by the increased degradation and recycling macromolecules to maintain cell proliferation and survive under stress condition in the
microenvironment [4, 14, 15]. Indeed, increased expression
of cathepsin B has been associated with increased cancer
invasion [16]. Despite the ubiquitous nature of lysosomes
in all mammalian cell types, cancer cells have been shown
to increase lysosomal biogenesis [14, 17] and alter cellular
biology [18, 19], thus aﬀecting lysosomes. One such biological process that impacts lysosomes is sphingolipid metabolism. Altered sphingolipid metabolism has been found in
many cancers [20–22]. Diﬀerent cancer cell types overexpress sphingosine kinase (SK) [23–25] and downregulate
acidic sphingomyelinase (ASM) [19]. These changes aﬀect
lysosomal membrane structure and function in cancer cells.
Lysosomes also play an important role in drug resistance
in cancer by sequestering weak-base chemotherapeutic drugs
within the cell. This increases lysosomal biogenesis resulting
in enlargement of the lysosomal compartment in cells [15].
The enlarged compartment allows signiﬁcant concentration
of chemotherapeutic drugs to be stored in lysosomes and
blocks these drugs from reaching their cellular targets. In
addition, lysosomes provide a mechanism for exocytosis of
drugs from the cancer cells [15]. These mechanisms render
cancer cells drug-resistant, thus highlighting lysosomes as a
target for cancer therapy.

4. Lysosomal Membrane Permeabilization
(Figure 1)
Lysosomal membrane permeabilization (LMP) has been
shown to be an eﬀective therapeutic strategy in many cancer
models [26]. LMP involves either the slight or the complete
permeabilization of the lysosome. This permeabilization
can cause lipid peroxidation and a partial or complete release
of lysosomal contents. Cell death can be mediated by the
reactive oxygen species (ROS) and/or lysosomal cathepsins
[3, 4, 26]. In addition, sphingolipids can contribute to LMP
[27]. Sphingosine has been shown to induce LMP when
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added to cells [27]. Upon TNFα, radiation, and DNAdamaging drug treatments, p53 is phosphorylated and translocates to lysosomes where it induces LMP [5]. Various cellular
components can protect the lysosome from permeabilization
such as cholesterol [28], lysosomal localization of heat shock
protein 70 [29], and lipid peroxidation scavengers.
Tocopherols are endogenous inhibitors of lipid peroxidation.
Among tocopherols is α-tocopherol, otherwise known as vitamin E [30, 31]. Thus, there are many factors regulating LMP in
cancer cells.
Cancer cells are sensitive to LMP by a variety of mechanisms. Cell lines transformed with oncogenic Src and Ras
display altered lysosomal localization and decrease in
LAMP-1 and LAMP-2 [18]. Decreases in the LAMP proteins
prime cells for LMP. Other cancer cells increase lysosomal
biogenesis [14, 17], increase lysosomal size, and alter heat
shock protein 70 (HSP-70) localization creating destabilized
lysosomes [29]. Cancer cells have altered sphingolipid
metabolism which increases the amount of sphingosine and
renders lysosomes sensitive to LMP [22, 27, 32]. Finally,
many cancer cells have altered metabolism that increases
ROS leading to destabilization of lysosomes leading to LMP
[3, 23]. Thus, cancer cells might be sensitive to lysosomemediated cell death.

5. Lysosome-Mediated Cell Death (LCD)
Since their discovery as the suicide bags of the cell, lysosomes have been explored as therapeutic targets in cancer.
Due to these numerous alterations to this pathway, LMP is
an eﬀective way to kill many diﬀerent cancer cell types.
These include breast cancer [19, 30, 33], ovarian cancer
[19], cervical cancer [19], colon cancer [18, 34, 35], prostate cancer [19], lung cancer [35–37], bone cancer [19],
skin cancer [35], and AML [14]. Cancer cells are susceptible to lysosome-mediated cell death through increased
ROS and lipid peroxidation leading to mitochondrial dysfunction and plasma membrane permeabilization [38].
Furthermore, the release of cathepsins caused cleavage
and degradation of proteins leading to cell death [3].
The relations of lysosome-mediated cell death with other
forms of cell death will be discussed below.

6. Lysosomes and Apoptosis
Apoptosis is a form of program cell death involving mitochondrial dysfunction and activation of cysteine proteases
called caspases. It leads to DNA condensation and membrane blebbing and eventually to the formation of apoptotic
bodies that are phagocytosed by the surrounding cells. Mitochondrial dysfunction is triggered by the translocation of the
Bcl-2 family member Bax to the mitochondria where it interacts with Bak and other BH3-only Bcl-2 family members
such as Bid to form a pore allowing cytochrome c to be
released and loss of membrane potential to occur. This leads
to an increase in ROS and activation of caspase 9 and caspase
3 leading to cell death [39].
Lysosomes could play important roles in regulating apoptosis upstream of mitochondrial function and after caspase
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Figure 1: Regulation of lysosomal membrane permeabilization (LMP). There are many factors that regulate lysosomal membrane
permeabilization (LMP). These include increased levels of sphingosine, cathepsins, and ROS. The activation of caspase, Bax, and p53 and
treatment with staurosporine, or lysosomotropic agents, also lead to LMP. This results in the release of ROS, cathepsins, and reactive iron
from lysosomes.

activation. Following oxidative stress, it was shown that
low concentrations of hydrogen peroxide cause LMP
before mitochondrial dysfunction and caspase activation
[40]. Blocking cathepsin D activation also prevented the
release of mitochondrial cytochrome c and caspase activation [41]. Moreover, ultraviolent radiation induces LMP
under conditions of oxidative stress before mitochondrial
release of cytochrome c [42]. Bax interacts with other
BH3-only Bcl-2 family members such as BIM and BID
at lysosomes contributing to LMP independent of its mitochondrial functions. BID is also a target of cathepsins
allowing its translocation to the mitochondria to interact
with Bax and Bak [42]. Similar to mitochondrial regulation, antiapoptotic Bcl-2 family members can prevent
LMP [26]. This suggests that lysosomal disruption can
lead to mitochondrial dysfunction.
Lysosomal disruption can also occur after mitochondrial dysfunction. Following loss of membrane potential,
ROS production is increased. ROS destabilizes lysosomal
membranes through lipid peroxidation leading to rupture
[14, 27]. Activation of caspase 8 by death receptors or
activation of caspase 9 has been associated with LMP
[36, 43]. Overall lysosomes can play a role in either initiating or executing apoptosis.

7. Lysosome and Autophagy
Lysosomes fuse with autophagosomes forming an autolysosome to degrade extracellular or intracellular material [44].
Autophagy plays important roles in cancer cell adaptation
to stress where it protects cancer cells from death during
development and where its induction is limited to further
progression of the disease [45]. Lysosomes function in
autophagy regulation in three main areas: (i) lysosomal restoration, (ii) lysophagy, and (iii) autolysosomal degradation.
Under normal conditions, lysosomal biogenesis occurs
through biosynthesis and endocytic pathways to maintain
homeostasis. Under stress conditions, the number of lysosomes decreased due to their role in degrading macromolecules for recycling or removing damaged organelles.
Lysosomal levels are restored through a process called
autophagic lysosomal reformation (ALR) [46]. This process
can be prevented by autophagy inhibitors such as rapamycin
and cathepsin inhibitors [46]. The second way autophagy
regulates lysosomes is when lysosomes themselves become
damaged such as through LMP. The damaged lysosomes
are engulfed by autophagosomes which then fuse with functional lysosomes to remove them from the cells [47]. The
levels of lysosomes are then restored by lysosomal biogenesis.
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Table 1: The use of lysosomotropic agents as therapeutics in cancer.

Lysosomotropic Agent

In vitro
Siramesine

In vivo

Desipramine

In vitro

In vivo

Nortriptyline

In vitro

Amlodipine

In vitro

Terfenadine

In vitro

In vivo

Meﬂoquine

In vitro

Model
Breast cancer lines: Mcf-7, Mcf-10A, and MDA-MB-468
Cervix carcinoma cell lines: HeLa and ME-180
Colorectal cancer cell lines: Hkh2 and HCT116
Fibroblast cell line: NIH3&3-SrcY527F
Fibrosarcoma cell lines: WEHI-S and R4
Mast cells (primary)
Osteosarcoma cell line: U2OS
Ovarian carcinoma cell line: SKOV3
Prostate cancer cell lines: PC3 and Du145-P
WEHI-R4 in BALB-c mice
Mcf-7 in SCID mice
PC3-MDR in SCID mice
Breast cancer lines: Mcf-7 and Mcf-10A
Cervix carcinoma cell line: HeLa
Colorectal cancer cell lines: Hkh2 and HCT116
Fibroblast cell line: NIH3&3-SrcY527F
Osteosarcoma cell line: U2OS
Ovarian carcinoma cell line: SKOV3
Prostate cancer cell lines: PC3 and Du145-P
Mcf-7 in SCID mice
Breast cancer line: Mcf-7
Cervix carcinoma cell line: HeLa
Colorectal cancer cell lines: Hkh2 and HCT116
Fibroblast cell line: NIH3&3-SrcY527F
Osteosarcoma cell line: U2OS
Ovarian carcinoma cell line: SKOV3
Prostate cancer cell lines: PC3 and Du145-P
Breast cancer line: Mcf-7
Fibroblast cell line: NIH3&3-SrcY527F
Ovarian carcinoma cell line: SKOV3
Prostate cancer cell lines: PC3 and Du145-P
Breast cancer line: Mcf-7
Colorectal cancer cell lines: Hkh2 and HCT116
Fibroblast cell line: NIH3&3-SrcY527F
Ovarian carcinoma cell line: SKOV3
Prostate cancer cell lines: PC3 and Du145-P
Mcf-7 in SCID mice
AML cells (primary)
AML cell lines: HL60, KG1A OCI-AML2, and TEX
APL cell line: NB4
CML cell line: K562
Dendritic cells (primary)
Erythroleukemic cell line: OCI-M2
Gastric cancer cell lines: AGS, Hs746T, MKN45, MKN74,
NCI-N87, SNU1, SNU16, TCC1, YCC10, and YCC11
Lymphosarcoma cell line: MDAY-D2
Macrophage/monocyte cell lines: THP-1 and U937
Oral cancer cell line: KVP20C

Eﬀective doses
1–10 μM
1–10 μM
8 μM
4–10 μM
5 μM
2–20 μM
1–10 μM
8–10 μM
5–10 μM
25–100 mg/kg/d
30–100 mg/kg/d
30 mg/kg
25 μM
25–50 μM
8 μM
8–25 μM
25–50 μM
75–100 μM
5–10 μM
30 mg/kg, 2×/wk
25–50 μM
25–50 μM
8 μM
10–25 μM
25–50 μM
40–60 μM
40–80 μM
25–50 μM
10–30 μM
37.5–50 μM
40–50 μM
25–50 μM
8 μM
2.5–5 μM
6–8 μM
1–10 μM
10 mg/kg, 2×/wk
5–15 μM
1–10 μM
5–7 μM
6–10 μM
25–50 μM
7–9 μM
0.5–5 μM
3–5 μM
5–18 μM
5 μM

Reference

[18, 19, 30]

[19]

[19]

[19]

[19]

[14]
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Table 1: Continued.

Lysosomotropic Agent

In vivo

Primaquine

In vitro

Atovaquone

In vitro

Ciproﬂoxacin

In vitro

Pterostilbene

In vitro

Model
Prostate cancer cell line: PC3
K562, MDAY-D2, and OCI-AML2 in NOD-SCID mice
Primary AML cells in NOD-SCID mice
YCC or SNU1 in SCID mice
PC3 in C57B1/6J mice
Breast cancer cell line: Mcf-7
Colon cancer cell lines: Caco-2 and HT-29
Oral cancer cell line: KVB20C
Oral cancer cell line: KVB20C
Cervix carcinoma cell line: HeLa
Colorectal cancer cell line HCT116
AML cell lines: HL-60, MV4-11, and OCI-AML2
Macrophage cell lines: THP-1 and U937
Melanoma cell line: A375

Finally, the fusion of lysosomes and autophagosomes provides essential amino acids and nutrients to the cell and
degrades damaged organelles [48]. If this process was left
unchecked, the destruction of intracellular structures will
lead to cellular collapse and a form of cell death called autosis
[49]. This is dependent on functional lysosomes.

8. Lysosome and Ferroptosis
Ferroptotic cell death is a type of cell death that is distinct
from apoptosis and autophagy [50, 51]. It is characterized
by iron-dependent accumulation of ROS. Several proteins
responsible for the regulation of iron such as ferritin and
transferrin and the cysteine antiporter receptor have implicated the regulation of ferroptosis [52, 53]. One of the major
storage sites for iron is lysosomes. In the presence of
hydrogen peroxide, free iron undergoes a Fenton reaction
creating reactive iron and increasing ROS [38]. The lysosomal disruptor siramesine induces a rapid rise in the
lysosomal pH followed by lysosomal leakage mediated in
part by inhibiting sphingomyelinase (ASM) [19]. This
destabilization of lysosomal membranes leads to increased
reactive iron and increased ROS causing cell death [30].
We found that the combination with a dual tyrosine
kinase inhibitor of ErbB1 and ErbB2 tyrosine kinase
receptors called lapatinib with siramesine could induce
ferroptosis through blocking iron transport allowing the
iron released by lysosomal disruption to accumulate and
increase ROS [54]. The role lysosomes play in regulating
ferroptosis through increased active iron and ROS requires
future investigations.

9. Lysosomotropic Agents
LMP can be induced by numerous diﬀerent stimuli that are
collectively called lysosomotropic agents. Lysosomotropic
agents are weak-base lipophilic or cationic amphiphilic drugs
that accumulate in lysosomes. This occurs through diﬀusion

Eﬀective doses
5–40 μM
50 mg/kg
100 mg/kg/d
Unknown
200 μg/25 mg
7 μM
40–70 μM
50–75 μM
2–12.5 μM
10 μg/ml
1–5 μM
25–75 μM
25–75 μM
10–50 μM

Reference

[58]
[59]
[34]

[58]

across the lysosomal membrane where the agents become
protonated and become trapped in the lysosome [26]. This
causes damage to the lysosomal membranes leading to
LMP. Lysosomotropic agents include metal nanoparticles
[55], kinase inhibitor ML-9 [56], and numerous diﬀerent
types of pharmaceuticals. Pharmaceutical lysosomotropic
agents include the antidepressants siramesine, nortriptyline,
desipramine, imipramine, and clomipramine [19]. These
have shown eﬀectiveness in breast cancer, colon cancer, and
CLL cells. Antimalarials meﬂoquine and chloroquine have
shown eﬀectiveness in breast cancer, lymphoma, and leukemia cells [14, 57–59]. Chloroquine has been investigated in
clinical trials with only partial activity in lymphoma
reported. There is, however, no evidence in these trails
that chloroquine is acting through LMP. Antiallergy drugs
terfenadine and loratadine [19] were eﬀective at inducing
cell death in breast and lung cancer cells. The treatments
of stilbenoid antioxidant pterostilbene [35, 60] and antipsychotics chlorpromazine, thioridazine, and aripiprazole
[19] showed eﬃcacy in breast and leukemia cells. The use
of these agents is summarized in Table 1. Many of these
agents are FDA-approved or have been extensively studied
in clinical trials but, with the exception of chloroquine,
not in cancer patients [61]. This provides the foundation
for many of these lysosomotropic agents to be clinically
investigated for their eﬃcacy in a variety of cancers in
the near future.

10. Conclusion
Lysosomes play a dynamic role in cells and are altered in
cancer. The initiation of LMP in cancer cells is a novel
mechanism to engage the diﬀerent cell death mechanisms
selective for cancer. LMP is induced by lysosomotropic
agents through increased ROS, lipid peroxidation, and activation of cathepsins. Many of these lysosomotropic agents
are FDA-approved and could be moved rapidly to the clinic.
Targeting lysosomes to induce oxidative stress will be
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dependent on the context of other therapies and drug
resistance mechanisms found in cancer cells. Further investigation is needed to understand the regulation of lysosomemediated cell death and the use of lysosomotropic agents in
combination with other standard chemotherapy drugs or
novel targeted anticancer drugs. Nevertheless, targeting
lysosomes provides hope that eﬀective treatment against
drug-resistant cancers could be developed.
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Targeted cancer therapies, involving tyrosine kinase inhibitors and monoclonal antibodies, for example, have recently led to
substantial prolongation of survival in many metastatic cancers. Compared with traditional chemotherapy and radiotherapy,
where reactive oxygen species (ROS) have been directly linked to the mediation of cytotoxic eﬀects and adverse events, the ﬁeld
of oxidative stress regulation is still emerging in targeted cancer therapies. Here, we provide a comprehensive review regarding
the current evidence of ROS-mediated eﬀects of antibodies and tyrosine kinase inhibitors, use of which has been indicated in the
treatment of solid malignancies and lymphomas. It can be concluded that there is rapidly emerging evidence of ROS-mediated
eﬀects of some of these compounds, which is also relevant in the context of drug resistance and how to overcome it.

1. Introduction
There has been signiﬁcant progress in the development of
novel oncological treatments during the last decade. However, radiotherapy and traditional chemotherapy still form
the backbone of treatment in most malignancies. The importance of conventional cytotoxic chemotherapy is underlined
in adjuvant treatments, where only trastuzumab and imatinib are currently approved in HER2- (human epidermal
growth factor receptor 2-) positive early breast cancer and
Kit-positive gastrointestinal stromal tumour (GIST) treatments, respectively. In metastatic disease, nevertheless, targeted cancer therapy has prolonged survival signiﬁcantly.
This has been observed especially in HER2-overexpressing
breast cancer, renal cell carcinoma (RCC), GISTs, melanoma,
and colorectal cancer (CRC) [1–5]. In several metastatic cancer trials, there have been plateaus in survival curves in
patients treated with targeted therapies, even after relatively
long follow-up periods. The current paradigm still suggests
that metastatic cancer is curable extremely rarely and that
drug resistance ultimately develops [6].

Reactive oxygen species (ROS) are a set of highly reactive
molecules comprising singlet oxygen (1O2), superoxide (O•−
2 ),
hydroxyl radical (OH•), and hydrogen peroxide (H2O2).
They have crucial roles in both physiological functions and
tumour development [7]. Production of ROS is elevated in
malignant compared with benign tissues as a result, for
example, of increased metabolic rate, oncogene activation,
and defective vasculature, leading to hypoxic areas, but
several lines of evidence suggest that cancer tissues may
upregulate levels of antioxidant enzymes to counteract
increased oxidative stress, as reviewed elsewhere [8–10].
Excess ROS are quenched by enzymatic antioxidants such as
superoxide dismutase (SOD), catalase, glutathione (GSH),
and peroxiredoxins (Prxs) and nonenzymatic antioxidants
such as vitamins E and A [8]. In addition, enzymes such as
thioredoxin-1 (Trx-1) and GSH are able to restore REDOXsensitive proteins to their proper function by reducing the
cysteine residues within these proteins [10]. The expression
of antioxidant proteins is controlled by the major antioxidant
response regulator nuclear factor erythroid 2-related factor 2
(NFE2L2). NFE2L2 is activated during oxidative and
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electrophilic stress and released from its inhibitory molecule
Kelch-like ECH-associated protein 1 regulator (Keap1) [10].
The eﬀectiveness of traditional cancer chemotherapy is
largely based on the generation of ROS and consequently
on the increase of oxidative stress that exceeds the reduction
capacity of cancerous tissue, leading ultimately to apoptosis
or necrosis [10]. Also, many adverse eﬀects of chemotherapy
are due to excess ROS production in healthy tissues, such as
anthracycline-mediated cardiotoxicity, and nephrotoxicity
triggered by platinum compounds [11, 12]. Up to 50% of
patients with cancer receive radiotherapy at some stage of
their illness [13]. Both therapeutic and side eﬀects of ionizing
radiation during radiotherapy are mainly based on the
interaction of OH• with target tissue DNA [14].
Targeted cancer therapy mostly involves monoclonal
antibodies, small-molecule tyrosine kinase inhibitors (TKIs)
and, more recently, immunotherapies. In a broad context,
some hormonal therapies such as tamoxifen therapy [15]
can also be included in this category, but they are not
discussed in this review. The rationale for targeted cancer
therapies is to speciﬁcally disrupt certain upregulated
pathways in malignant cells. Theoretically, this could lead
to more eﬀective cancer cell death, with less harmful eﬀects.
However, the compounds concerned have drug-speciﬁc and
sometimes life-threatening adverse eﬀects, and therefore,
combinations of these treatments are often limited in a
clinical setting [16]. At ﬁrst, targeted cancer therapies were
considered to be promising magic bullets with single targets
[17, 18], but their wider clinical use has produced much
information about their diverse mechanisms of action and
development of drug resistance, where also ROS could have
a substantial role.
In this paper, we will review the current evidence of
ROS-mediated eﬀects of antibodies and tyrosine kinase
inhibitors that have European Medicines Agency (EMA)
approval as regards the treatment of solid malignancies or
lymphomas. Originally, we also aimed to address oncoimmunological compounds, but the ROS-mediated eﬀects of
these compounds are still largely unknown. Since most of
the drugs discussed in this review are novel, the research
ﬁeld has so far been uncoordinated and somewhat sporadic.
However, regarding some of the compounds concerned,
there is rapidly emerging evidence of ROS-mediated eﬀects
and adverse eﬀects. As far as we know, no previous reviews
on this topic exist.

2. Tyrosine Kinase Inhibitors
Tyrosine kinase inhibitors are compounds of small molecular weight. Their small size enables oral administration of
the drugs and eﬀective penetrance through cell membranes,
after which they exert their functions intracellularly. The
main mechanism of action of all TKIs is competitive adenosine triphosphate inhibition at the catalytic binding site of
tyrosine kinase, but TKIs diﬀer considerably in their speciﬁcity against diﬀerent kinases [19]. There are currently
nearly 20 EMA-approved TKIs for the treatment of solid
tumours or lymphomas, and the list is expanding rapidly
(http://ema.europa.eu).
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2.1. Sunitinib, Pazopanib, and Sorafenib. Sunitinib was the
ﬁrst TKI approved for the treatment of advanced/metastatic
RCC (in 2006), and currently, there are also indications for
its use in the treatment of imatinib-resistant GISTs and pancreatic neuroendocrine carcinomas. Sunitinib is one of the
most commonly administered TKIs in clinical practice. The
main mechanism of action is mediated by eﬀective blocking
of vascular endothelial growth factor receptors (VEGFRs)
1–3, platelet-derived growth factor receptor-α (PDGFR-α)
and PDGFR-β, and c-Kit [20]. Possible ROS-mediated
cytotoxic eﬀects of sunitinib have been evaluated, but results
consistently demonstrate that there is no connection between
ROS and cytotoxic eﬀects, nor an association with sunitinibinduced vasoconstriction [21–23]. Indeed, there is evidence
that sunitinib may even act as an antioxidant by ameliorating
lipid peroxidation and increasing GSH levels in cisplatintreated mice (Figure 1). This not only reduces oxidative
stress-triggered side eﬀects but also improves chemotherapy
eﬃcacy [24] (Table 1). Sunitinib also inhibits the activity
and expression of neuronal nitric oxide synthase (NOS),
which has been associated with the neuroprotective eﬀects
of sunitinib in vitro and also with reduced vasodilation in
animal experiments [25, 26]. Sunitinib combined with chloroquine increases inducible NOS, leading to an increase in
reactive nitrogen species and apoptosis while, on the other
hand, the increased level of GSH abrogates apoptosis [27].
Whether these eﬀects are relevant as regards tumour growth
remains unclear on the basis of the current literature.
Interestingly, sunitinib induces incomplete autophagy in
bladder-cancer cell lines but does not induce mitochondrial
depolarization or the induction of ROS and rather targets
lysosomes and induces lysosome-dependent cell death [22].
Pazopanib is also a wide-range TKI, which blocks not only
VEGFRs, PDGFRs, and c-Kit, like sunitinib, but also targets
ﬁbroblast growth factor receptors-1 (FGFRs-1) and FGFRs3, IL-2-inducible T-cell kinase, lymphocyte-speciﬁc protein
tyrosine kinase, and macrophage colony-stimulating factor 1
receptor (c-Fms). Pazopanib is less well studied as regards
the topic of this review, but at least pazopanib-triggered erythrocyte apoptosis has been suggested to be dependent on oxidative stress [28]. Another TKI, axitinib, has been indicated for
the treatment of RCC. Besides its VEGFR-targeted eﬀects, it
also induces oxidative DNA damage, leading to mitotic
catastrophe and a cellular senescence program. This further
promotes natural killer (NK) cell-mediated recognition and
elimination of RCC through the regulation NK-activating
ligand expression [29]. This data has linked axitinibmediated oxidative stress to its immunomodulatory eﬀects,
which is especially relevant in RCC, one of the most immunogenic cancers [30].
Sorafenib is multikinase inhibitor that blocks VEGFR-2
and VEGFR-3, PDGFR-β, and RAF-kinases, for example,
consequently inhibiting proliferation and angiogenesis.
Sorafenib is currently indicated for the treatment of metastatic
RCC, hepatocellular carcinoma (HCC), and radioiodine
refractory, diﬀerentiated thyroid cancer. Interestingly, the
eﬀectiveness of sorafenib is widely reliant on kinase-independent, ROS-mediated mechanisms, especially in mitochondria.
In HCC HepG2 cell lines, sorafenib induces a signiﬁcant
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Figure 1: Expected ROS-mediated eﬀects of targeted therapies. In addition to the respective signalling pathway that a targeted agent aﬀects,
the diagram represents their putative ROS-related eﬀects. CRC: colorectal cancer; GISTs: gastrointestinal stromal tumours; RCC: renal cell
•
carcinoma; ROS: reactive oxygen species; O•−
2 : superoxide; H2O2: hydrogen peroxide; NO : nitric oxide; ΔΨ: mitochondrial membrane
polarity; TCA: tricarboxylic acid cycle; m: methylation; NFE2L2: nuclear factor erythroid 2-related factor 2.

increase in the production of ROS, mainly in mitochondria,
which is followed by a rapid and deep depletion of GSH in
the mitochondria, cytoplasm, and nuclei [31]. Coriat et al.
demonstrated later that sorafenib particularly induces the production of H2O2, O•−
2 , and nitric oxide in HepG2 cells [32].
Superoxide dismutase (SOD) mimics eﬃciently inhibited the
antiproliferative and cytotoxic eﬀects of sorafenib and
increased tumour growth in mice, while H2O2 and NO• inhibitors had no eﬀect on sorafenib cytotoxicity. Intriguingly, the
authors consequently conﬁrmed, in the series of HCC patients,
that higher serum levels of advanced oxidation production
proteins were predictive of prolonged relapse-free survival
and overall survival. In another recent paper, it was suggested
that sorafenib brought about elevated ROS production and
inhibited mitochondrial respiration, and gene expression
proﬁling also revealed that sorafenib led to a substantial
change toward aerobic glycolysis [33]. In line with this, glucose
withdrawal or glycolytic inhibitor dramatically improved
sorafenib cytotoxicity. It thus appears that mitochondrial dysfunction and O•−
2 production play a signiﬁcant role in sorafenib treatment, facts that allow possible predictive biomarkers
and combination treatments to be assessed in future clinical
trials. Indeed, in a recent article, sorafenib was shown to
disrupt the mitochondrial membrane potential in RCC,

leading to increased ROS and thus breaking resistance to
TRAIL-induced apoptosis [34]. Some compounds such as
melatonin may increase the therapeutic action of sorafenib
and induce further ROS increase during administration of
both compounds [35].
2.2. Crizotinib. Recent landmark trials showed a huge
improvement in progression-free survival of crizotinibtreated patients with anaplastic lymphoma kinase (ALK)
translocation, metastatic non-small-cell lung cancer (NSCLC)
and thereafter changed the treatment of this disease [36, 37].
Although the eﬃcacy of crizotinib is thought to be speciﬁc
to ALK inhibition, crizotinib also exerts its functions via the
generation of O•−
2 and activation of an apoptotic cascade
that contributes to cardiomyocyte toxicity in vitro [23].
Accumulation of ROS after crizotinib treatment, somewhat
nonspeciﬁcally measured by using the general oxidative
stress indicator H2DCFDA, has been also been reported
in human alveolar rhabdomyosarcoma cells [38]. The
established cancer stem-cell marker, aldehyde lactate dehydrogenase (ALDH), protected TKI (crizotinib and erlotinib)-resistant cells from TKI-derived ROS toxicity in cell
lines [39]. Again, pharmacological disruption of ALDH
activity with disulﬁram led to accumulation of ROS to toxic
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Table 1: The most important redox-associated targeted cancer therapy compounds with EMA-approved indications for the treatment of
solid tumours or lymphomas. All indications are for metastatic or inoperable carcinomas if not otherwise mentioned.
EMA-approved indication
in solid tumours

Main targets

Afatinib

EGFR-mutated NSCLC

EGFR

Axitinib

RCC
CRC
Breast cancer
NSCLC
Ovarian cancer
Peritoneal cancer
RCC

VEGFR1–3, PDGFR, c-Kit

Drug

Bevacizumab

Role in redox system
Chronic oxidative stress associated with
resistance.
Oxidative stress-mediated genotoxic eﬀects.
Increases ROS levels.
Combined with autophagy inhibitor enhances
ROS levels and apoptosis.

VEGF

Cetuximab

HNSCC
CRC

EGFR

Crizotinib

ALK-positive NSCLC

ALK, c-MET

Erlotinib

EGFR-mutated NSCLC
Pancreatic cancer

EGFR

Geﬁtinib

EGFR-mutated NSCLC

EGFR

Imatinib

GISTs

PDGFRα, KIT, ABL, CSF-1 receptor

Lapatinib

HER2-positive breast
cancer

HER1, HER2

Reduces the amount of GSH by internalizing
EGFR and glutamine transport.
Decreases Nox1 and Nox1-related eﬀect of
oxaliplatin.
•−
Increased O2 production linked with cardiotoxicity. Prx II up-regulation associated with
resistance.
Increases ROS-mediated apoptosis in HNSCC
and NSCLC.
Increases oxidative stress linked to EMT and
cardiotoxicity. NFE2L2/Keap1-axis related to
treatment resistance.
Induces ROS-dependent apoptosis in melanoma.
Increases ROS; low ROS levels linked with resistance, which may be overcome with antioxidant
mimics.

Various kinases, for example, VEGFR1–3,
May induce oxidative DNA damage-mediated
(PDGFR-α and PDGFR-β), c-Kit, FGFR-1,
erythrocyte apoptosis.
and FGFR-3
Rituximab
Non-Hodgkin’s lymphoma
CD-20
CD20 stimulation leads to the production of O•−
2 .
HCC, RCC, radioiodineVarious kinases, for example, VEGFR-2
Increases oxidative stress, which possibly is a
Sorafenib
refractory thyroid cancer and VEGFR-3, PDGFR-β, and RAF-kinases
predictive factor for sorafenib
GISTs, pancreatic NET,
Various kinases, for example, VEGFR1–3,
Enhances antioxidant defence, decreases NOS
Sunitinib
RCC
(PDGFR-α and PDGFR-β), c-Kit
activity and expression.
HER2-positive breast
Regulatory loop with NFE2L2
Trastuzumab cancer and HER2-positive
HER2 dimerization
NFE2L2 increases trastuzumab resistance.
gastric cancer
Increases NO• and O•−
2 production increases
BRAF (V600E) mutated
Vemurafenib
BRAF V600E
depolarization of mitochondrial membranes.
melanoma
Induces PGC1α
Pazopanib

RCC, sarcomas

levels, consequent DNA damage, and apoptosis. These
results have not been tested yet in vivo, but if conﬁrmed,
modulation of ROS levels could boost the therapeutic
eﬀects of crizotinib.
2.3. Erlotinib, Geﬁtinib, and Afatinib. Geﬁtinib and erlotinib
are TKIs targeted against epidermal growth factor receptor
(EGFR) and are approved for the treatment of NSCLC in
the ﬁrst and subsequent lines of therapy. The mechanism of
action allows drugs to act only in tumours with activating
EGFR mutations, which are found in 10–15% of Caucasian
patients. Afatinib is another EGFR-targeted TKI, which has
also proven to have activity against T790 M EGFR mutation

[40]. Although targeted speciﬁcally against EGFR, EGFRindependent mechanisms of action of these drugs have also
been reported. Of these three compounds, erlotinib and geﬁtinib in particular have been linked to oxidative stress in
recent literature.
As mentioned above, ALDH-mediated protection against
ROS has been connected with erlotinib resistance [39]. In
those experiments, erlotinib indeed enhanced ROS production even more considerably than crizotinib. In NSCLC
A549 cell lines, erlotinib induced ROS-mediated apoptosis
via activation of the c-Jun N-terminal kinase (JNK) pathway,
leading ultimately to EGFR inhibition and a therapeutic
response. As expected, it was possible to reverse this
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phenomenon by way of administration of the ROS scavenger
N-acetyl cysteine [41, 42].
In recent papers, geﬁtinib has also been demonstrated to
produce a dose-dependent increase in oxidative stress, which
has been associated with induced epithelial-mesenchymal
transition and cardiotoxicity of this EGFR-targeted TKI
[43, 44]. In geﬁtinib-resistant A549 cells, Prx II was highly
upregulated via demethylation of the Prx II gene when compared with the geﬁtinib-sensitive A549 cell line [45]. Elevated
Prx II expression resulted in downregulation of ROS, attenuated apoptosis, increased colony formation, and cell cycle
progression in geﬁtinib-resistant cells, factors that were
recovered with Prx II mRNA knockdown. Prx II thus
emerges as a potentially targetable factor for overcoming
geﬁtinib resistance. In theory, this may also apply to other
EGFR-targeted TKIs, although they have not yet been
assessed from this perspective.
Abnormal NFE2L2-Keap1regulation has been associated
with the acquisition of resistance to traditional chemotherapy and also to poor prognosis in NSCLC [46, 47]. Recently,
NFE2L2 has been characterized as being essentially important in EGFR TKI resistance. In a study by Leone et al.
[48], a strong synergistic eﬀect of the histone deacetylate
inhibitor vorinostat and EGFR TKIs led to remarkably
enhanced antiproliferative and proapoptotic eﬀects of EGFR
TKIs, possibly due to underlying changes in REDOX homeostasis. When vorinostat was administered with erlotinib or
geﬁtinib, NFE2L2 levels were notably attenuated via c-Myc
downregulation, and simultaneously, Keap1 upregulation
was observed.
The EGFR pathway is able to activate NFE2L2 in EGFR
wild-type NSCLC after ligand-receptor binding. Also, activation of downstream signalling of the mutated EGFR pathway
leads to constitutive expression of NFE2L2. Exposure to oxidative stress in the form of cigarette smoke extract was found
to attenuate EGFR-TKI cytotoxicity in EGFR-mutated
NSCLC due to oxidative stress-related NFE2L2 activation.
Based on their experiments, the authors also hypothesized
that inactivating Keap1 mutations could be used as predictive
factors of EGFR TKI resistance, which is also supported by
very recent results in a paper by Krall et al. [49, 50]. If this
could be conﬁrmed in a prospective clinical trial, it would
allow more optimal selection of patients for these costly
and potentially toxic treatments and development of more
speciﬁc molecular targets to overcome resistance.
In line with results concerning other EGFR-targeted TKIs
in NSCLC, erlotinib also elicits cytotoxicity via oxidative
stress generation in head and neck squamous cell carcinoma
(HNSCC) cell lines, again being reversible with N-acetyl cysteine [51]. In these experiments, the source of oxidative stress
was reported as NADPH oxidase 4-induced H2O2 production. Afatinib is a less well studied EGFR-targeted TKI, but
chronic oxidative stress has been connected to the development of afatinib resistance [52].
2.4. Vemurafenib. Vemurafenib was the ﬁrst BRAF inhibitor
to be used in the treatment of inoperable or metastatic melanoma. Despite the overall survival beneﬁt when set against
dabrafenib [53], acquired resistance is also a major clinical

5
problem with this drug, and it occurs in virtually all patients
sooner or later. Vemurafenib acts by targeting the most common genetic alteration in melanomas, BRAF V600E, and
thus it suppresses the RAS/MEK/ERK signalling pathway
and accordingly cell proliferation and adhesion. As an additional mechanism of action, vemurafenib stimulates NO•
and O•−
2 production and it also induces depolarization of
mitochondrial membranes in BRAF V600E-mutated melanoma cells, potentially initiating apoptosis and growth
inhibition [54, 55]. Intrinsic high rates of mitochondrial
respiration and oxidative stress of vemurafenib-resistant
melanomas have been harnessed to overcome resistance to
prooxidants, the administration of which leads to notably
increased cell death in these already oxidatively stressed
cells [56]. On the other hand, in a recent paper by Luo
and colleagues [57], vemurafenib was neatly demonstrated
to suppress the metastatic potential of melanoma by inducing the oxidative stress regulator PGC1α (peroxisome
proliferator-activated receptor-gamma coactivator-1α) and
further suppressing the expression of most integrins. The
phenomenon was independent of the cytostatic eﬀect of
vemurafenib. All in all, vemurafenib appears to have notable
and partly ROS-dependent therapeutic eﬀects, which are
independent of BRAF V600E inhibition. As far as we know,
no data currently exists about another approved BRAF
V600E inhibitor, dabrafenib, and ROS-mediated eﬀects.
2.5. Lapatinib. Lapatinib is the only TKI approved for
treatment of breast cancer, more speciﬁcally its HER2-overexpressing subtype. HER2 is an acquired oncogene that is
overexpressed in 20–30% of breast cancer patients. This receptor tyrosine kinase (RTK) drives prosurvival and proliferation
signalling, and HER2 expression in breast cancer is associated
with aggressive disease and resistance to chemotherapy.
Increased ROS levels have been reported after treatment with
a lapatinib analogue (GW583340) in inﬂammatory breast cancer models. In contrast, extremely low ROS levels have been
observed in GW583340-resistant models, probably resulting
from increased SOD1, SOD2, and GSH expression in
lapatinib-resistant breast cancer cells. Elevated antioxidant
expression also correlated with decreased lapatinib-analogue
eﬃcacy and, most interestingly, from a therapeutic point of
view, a SOD mimic was able to overcome resistance in
GW583340-sensitive cells [58]. Similarly, Zhang and colleagues [59] demonstrated NFE2L2-mediated ROS suppression in another lapatinib-resistant breast cancer cell line.
Also in this work, lapatinib resistance was overcome with
ROS level downregulation. In theory, these results could
potentially provide a basis for reversing lapatinib resistance
by way of ROS level suppressors.
2.6. Imatinib. Up to 90% of GISTs harbour activating mutations in platelet-derived growth factor receptor-α (PDGFRα) or KIT (CD117) genes. Besides these, imatinib also targets
other tyrosine kinases such as ABL and colony-stimulating
factor-1 receptor. Imatinib has EMA approval for the treatment of KIT-positive GISTs (in both adjuvant and metastatic
settings), inoperable dermatoﬁbrosarcoma protuberans, and
chronic myeloid leukaemia (CML). Most of the data relating
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to the ROS-mediated mechanisms of imatinib are based on
leukaemia material, but this is not in the scope of this review.
However, auranoﬁn, a gold-containing chemical applied for
treatment of rheumatoid arthritis, inhibits thioredoxin
reductase, inducing ROS formation and in this way dramatically inhibiting GIST cell growth, and it also induces apoptosis in imatinib-resistant cells [60]. ROS-dependent apoptosis
has also been reported in melanoma cell lines after imatinib
treatment [61].

3. mTOR Inhibitors
Two mammalian target of rapamycin (mTOR) inhibitors,
everolimus and temsirolimus, have been approved for treatment of cancer. The oncological indications for everolimus
are rapidly widening, and currently, it is used in the treatment of advanced/metastatic breast cancer, RCC, and neuroendocrine carcinomas of lung, pancreatic, or gastrointestinal
origin. mTOR inhibitors are also applied in the treatment of
graft-versus-host reactions after organ transplants. The available evidence of ROS-mediated eﬀects of mTOR inhibitors is
derived solely in connection with everolimus, virtually only
concentrating on it as an immunosuppressant, not as an
oncological compound. Animal and patient studies are still
contradictory in this ﬁeld. Decreased serum and plasma
concentrations of malondialdehyde, protein carbonyls, and
oxidized LDL have been reported after both short- and
long-term everolimus dosing [62, 63], while after kidney
ischaemia/reperfusion injury everolimus was noted to promote both oxidative and nitrosative stress [64]. Thus, based
on current information, mTOR inhibitors do not appear to
have substantial ROS-mediated roles in the treatment of
malignancies, but the ﬁeld is still understudied.

4. Monoclonal Antibodies
4.1. Trastuzumab and Pertuzumab. Trastuzumab is a monoclonal antibody that blocks HER2 dimerization with other
HER partners, evokes antibody-dependent cellular cytotoxicity, and inhibits MAPK and PI3K/Akt pathways (Vu et al.
2012). Pertuzumab, another humanized monoclonal antibody, inhibits HER2 dimerization with other HER family
receptors and signiﬁcantly enhances the cytotoxicity mediated by trastuzumab in a clinical setting [1]. Trastuzumab is
indicated in the (neo) adjuvant therapy of breast cancer and
it also has approval in a metastatic setting in HER2-positive
gastric and breast cancer. Pertuzumab is indicated in combination with trastuzumab to enhance the anti-HER eﬃcacy,
both in neoadjuvant and metastatic settings.
NFE2L2 regulation has a relevant role in RTK signalling
and in anti-HER therapies. It has been demonstrated that
NFE2L2 positively regulates HER2 and HER3 gene transcription and protein expression, and further, pAKT levels in an
ovarian cancer cell line. SiRNA inhibition of NFE2L2 directly
inhibited the transcription of HER2 [65, 66]. To further support the crosstalk between these two players, combination
treatment with trastuzumab and pertuzumab led to the inhibition of NFE2L2 by promoter methylation. Pharmacological
activation of NFE2L2 protected cells from the cytotoxic eﬀect
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of trastuzumab-pertuzumab treatment and resulted in antioxidant induction. This further emphasizes the notion that
NFE2L2 functions as an oncogene and has a major part in
evolving drug resistance, even in antibody-based treatment.
Despite the fact that tumour cells and tissue have an
increased antioxidant capacity [10], primary and metastatic
HER2-positive breast cancer patients have a decreased antioxidant status in their blood, which is restored with trastuzumab combined with chemotherapy up to the levels of healthy
controls [67]. On the ﬂip side of (highly eﬀective) trastuzumab treatment, deleterious eﬀects on cardiomyocytes have
been widely reported in the literature. Blocking HER2 receptors induces cardiomyocyte death through a mitochondrial
pathway that is dependent on ROS and can be reversed by
inhibiting Bax and Bac proteins that mediate cell death
through this pathway [68].
Just as in any other anticancer therapy, resistance to trastuzumab treatment frequently occurs. One of the putative
mechanisms that involves oxidative stress regulation behind
trastuzumab resistance is loss of function of the tumour suppressor PTEN due to increased levels of reduced Trx-1 protein. Trx-1 binds to PTEN, enabling full AKT signalling
and cell growth, and trastuzumab-resistant cells gained drug
sensitivity after treatment with the Trx-1 inhibitor 1methylpropyl 2-imidazolyl disulphide (PX-12) [69]. Trastuzumab resistance is an immense clinical problem, especially
in HER2-positive metastatic breast cancer and in vivo studies
with PX-12 to overcome this resistance represent a reasonable step in the future.
Reactive oxygen species also seem to be involved in the
regulation HER2 expression after radiation, at least in vitro.
Wattenberg and colleagues [70] recently reported that radiation exposure increased cell surface and total protein expression of HER2, EGFR, and CD20 in breast cancer, HNSCC,
and non-Hodgkin lymphoma (NHL) cell lines, respectively.
HER2 upregulation was mediated for the most part via intracellular production of ROS. Radiation-induced expression
led to enhanced antibody-dependent cell-mediated cytotoxicity (ADCC) when breast cancer cells were treated with
trastuzumab.
4.2. Rituximab. Rituximab is a chimeric humanized monoclonal antibody speciﬁc to CD20. CD20 is an integral transmembrane phosphoprotein present on the surface of
precursor B-cells, maturing B-cells, and diﬀerentiated plasma
cells. It is described to be a calcium-channel protein, and
binding of rituximab to CD20 causes subsequent calcium
inﬂux and downstream apoptotic signalling [71].
Rituximab is indicated in the treatment of NHL and other
B-cell malignancies. It sensitizes B-cell lymphoma cells to
standard anticancer drugs and restores drug sensitivity of
NHL cells via downregulation of antiapoptotic factors, such
as Bcl-2, and inhibition of survival signalling of the p38
MAPK signal pathway [72]. In addition, combining irradiation with rituximab to treat a Burkitt’s lymphoma cell line
was shown to be eﬀective in triggering cell-cycle arrest and
apoptosis and bringing about an increase in intracellular
ROS levels [72]. Thus, the eﬃcacy of rituximab-combination
therapies is often due to the synergy of oxidative stress damage
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caused by traditional anticancer strategies and the proapoptotic process triggered by rituximab.
In addition to the proapoptotic features of anti-CD20
treatment, rituximab-mediated complement-dependent cytotoxicity involves ROS production, more speciﬁcally O•−
2 [73].
Wang et al. studied a highly conserved antiapoptotic molecule,
phosphatidylethanolamine-binding protein (hPEBP) and its
role in rituximab resistance. It was shown that hPEBP4 was
overexpressed in the majority of NHL patients and it inhibited
rituximab-mediated complement-dependent cytotoxicity,
calcium inﬂux, and ROS generation. Knockdown of hPEBP4
potentiated the chemosensitization eﬀect of rituximab during
topoisomerase I inhibitor treatment [74].
In a study by Alinari et al. [75], rituximab was combined
with the anti-CD74 antiproliferative agent milatuzumab to
test their potential eﬃcacy on mantle cell lymphoma cells isolated from patients. CD74 is a glycoprotein associated with
major histocompatibility complex (MHC) class II and functions as an accessory signalling and survival molecule. The
study showed that the cytotoxicity of the combination treatment was partially dependent on ROS formation and mitochondrial membrane dysfunction. The results showed that
cell death was not due to classic apoptosis nor autophagic
mechanisms, and they suggest that cytoskeletal features and
antibody capping might be inﬂuential factors in increasing
the intracellular ROS burst and the loss of mitochondrial
membrane polarity. This drug combination was later tested
in a phase I/II trial, showing activity in heavily pretreated
patients with relapsed or refractory indolent NHL [76].
4.3. Bevacizumab. Bevacizumab is a recombinant, humanized
monoclonal antibody that targets VEGF, inhibiting ligand
binding to VEGFR and ultimately inhibiting neoangiogenesis
and vascular leakiness. Bevacizumab is approved for the treatment of CRC and NSCLC, for example. However, the results of
antiangiogenic treatment have been disappointing in many
cases. Fack and colleagues [77] studied the adaptation of glioblastoma to bevacizumab treatment. Researchers observed
that while bevacizumab causes hypoxia in tumours, on the
downside, cell metabolism is reprogrammed toward
anaerobic metabolism, favouring lactate production. L-cysteine, l-cystathione, and GSH levels were reduced,
indicating that oxidative stress levels increased after bevacizumab treatment. This is also expectable in tumours with
insuﬃcient vascularization.
Metabolic stress under hypoxia caused by antiangiogenic
treatment also upregulates autophagy, which is a means to
escape from metabolic stress. There is some evidence that
inhibition of autophagy enhances the eﬃcacy of bevacizumab
via alteration of the redox balance. In a human HCC study
[78], autophagy inhibition led to increased apoptosis and elevated ROS levels during nutrient starvation and hypoxia.
Combined treatment with autophagy inhibitor and bevacizumab led to enhanced reduction of xenograft tumour growth.
Researchers observed that bevacizumab- and chloroquinetreated cells expressed more 8-hydroxydeoxyguanosine, a
marker of DNA oxidative stress damage, than either agent
alone. The main conclusion was that autophagy modulates
ROS levels, and this could be an eﬃcient way to enhance
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antiangiogenic treatment. In retinal cells exposed to H2O2
and bevacizumab, increased bevacizumab concentrations
decreased bcl-2 mRNA and increased apoptosis, implying
that oxidative stress levels inﬂuence the eﬀect of bevacizumab
on apoptosis [79].
4.4. Cetuximab. EMA-approved indications for cetuximab
are CRC and HNSCC. Cetuximab is a recombinant monoclonal antibody designed to target EGFR and is applicable if the
downstream signalling pathway does not harbour activating
mutations, such as Ras, which are frequent in colorectal
cancer. EGFR is overexpressed in 90% of cases of HNSCC.
In addition to MAPK signalling blockade, EGFR inhibition might lead to additional mechanisms that aﬀect cell
survival. Lu and colleagues [80] described how cetuximab
downregulated a complex in the cell cytoplasmic membrane
formed by a glutamine transport protein, ASCT2, and EGFR
via endocytosis in HNSCC cell lines. Internalization of glutamine receptor led to decreased glutamine, which is necessary
for GSH synthesis, and resulted in decreased ROS-reducing
capacity. Increased oxidative stress via this mechanism
induced apoptosis independent of EGFR-pathway downregulation. Combined use of oridonine and cetuximab suppressed phosphorylated EGFR formation, increasing ROS
and apoptosis in laryngeal carcinoma cells [81].
Conﬂicting data exists regarding the eﬃcacy of oxaliplatin, one of the most applied chemotherapeutic agents in
CRC, and cetuximab, when they are used in combination
treatments. Results favouring this combination suggest that
cetuximab inhibits DNA repair mechanisms to support
oxaliplatin eﬃcacy [82, 83]. In contrast to this, several phase
III randomized clinical trials have revealed that despite a
survival beneﬁt when cetuximab or oxaliplatin are added to
chemotherapy backbones as single agents, their combination
does not increase survival [84–86]. An experimental study by
Dahan and colleagues [87] showed that cetuximab has an
antagonizing eﬀect on oxaliplatin in CRC. The eﬀect of oxaliplatin is dependent on Nox1-evoked ROS formation. When
EGFR and the downstream Ras/Nox1 cascade were inhibited
by cetuximab, ROS formation decreased and oxaliplatin eﬃcacy was lost. Similar results not favouring the combination
were reported by Santoro and colleagues [88]. The eﬃcacy
of oxaliplatin in causing apoptosis was ROS-dependent and
occurred via signal transducer and activator of transcription
1 (STAT1) and dual oxidase 2 (DUOX2), but cetuximab
caused DUOX2 inhibition and p38 activation, reducing the
cytotoxicity of oxaliplatin.

5. Conclusions
Although new targeted treatments have produced signiﬁcant
leaps ahead in the treatment of solid malignancies and lymphomas, their prolonged use is often limited due to the acquisition of resistance, contributing eventually to treatment
failure in metastatic disease. There is a signiﬁcant clinical
need for more accurate predictive factors as regards these
drugs, to avoid both clinical and ﬁnancial toxicity [89].
Based on this review of the literature, monoclonal antibodies and TKIs seem to have many ROS-mediated
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mechanisms of action, which may be related to their eﬃcacy
and also to toxicity. The majority of the reviewed targeted
therapy agents increase the oxidative stress burden up to a
level that is likely to surpass the reduction capacity of cancerous cells. In this way, they possess antitumour eﬃcacy in
addition to their targeted impact. Such agents were antiVEGFR-PDGFR TKIs (axitinib, pazopanib, and sorafenib),
anti-EGFR TKIs (afatinib, erlotinib, and geﬁtinib), antiALK (crizotinib), anti-HER2 TKI (lapatinib), anti-BRAF
TKI (vemurafenib), and anti-VEGFR antibody (bevacizumab). They all target cell membrane-related protein structures, RTKs, or associated proteins, with the purpose of
conveying external messages into the cell. Not surprisingly,
they are also associated with reactive oxygen molecules that
can function as second messengers [90].
Some agents such as trastuzumab and pertuzumab
inhibit the major redox response regulator NFE2L2. In contrast, increased levels of NFE2L2 and upregulation of other
antioxidants lead to tolerance to oxidative stress, a sign that
is also related to therapy resistance. Such cases are noted in
anti-EGFR and anti-HER2 therapies (trastuzumab, lapatinib), while in the case of vemurafenib, antioxidant upregulation seems to have therapeutic eﬀects. Sunitinib and
cetuximab might also have beneﬁcial eﬀects for cancerous
tissue via upregulated GSH levels.
On the other hand, as regards many drugs such as the
TKIs regorafenib, lenvatinib, and dabrafenib and the
monoclonal EGFR inhibitor panitumumab, there is a total
lack of evidence of ROS-mediated actions, or these agents
remain unstudied from this perspective. The eﬃcacy of the
monoclonal anti-CD20 antibody rituximab has been
widely studied in non-Hodgkin’s lymphoma and leukaemia models in combination with traditional cytotoxic
agents and irradiation. Its additive eﬀect is often mediated
via the Bcl-2-related mitochondrial apoptotic pathway,
enhancing ROS-related cytotoxicity of conventional antitumour therapies [91, 92], but it also increases intracellular
oxidative stress and results in a loss of mitochondrial
membrane potential.
Rather surprisingly, we did not ﬁnd any original articles
describing ROS-mediated eﬀects of novel oncoimmunological agents such as the CTLA-4 inhibitor ipilimumab or programmed death (PD-1) antibodies such as pembrolizumab
or nivolumab. However, a reasonable amount of data exists
to point out that an oxidative milieu has an enormous impact
on tumour cells, tumour-inﬁltrating lymphocytes, and other
immune cells (and their interactions). It is plausible that
these agents have direct ROS-dependent mechanisms arising
from interactions between PD-1 antibodies and ROS generation [93]. Since ROS levels and redox status have potential as
prognostic or predictive factors of immunotherapy, studies
addressing these issues are eagerly awaited.
In conclusion, many TKIs and monoclonal antibodies
seem to mediate their eﬀects (and adverse eﬀects) via ROS,
and therefore, it is essential to accelerate more systematic
studies in this ﬁeld. In addition, we should further study the
potential antagonizing eﬀects of targeted therapies when they
are combined with traditional chemotherapeutic agents, as
discussed in the context of cetuximab.
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Our previous in vitro studies demonstrated that oxygen pretreatment significantly protects human embryonic renal tubular cell
against acute cisplatin- (CP-) induced cytotoxicity. The present study was designed to investigate whether this protective effect is
associated with decreasing therapeutic effects of cisplatin on malignant cells. For this purpose, cultured human embryonic kidney
epithelial-like (AD293), cervical carcinoma epithelial-like (Hela), and ovarian adenocarcinoma epithelial-like (OVCAR-3) cells
were subjected to either 2-hour pretreatment with oxygen (≥90%) or normal air and then to a previously determined 50% lethal
dose of cisplatin for 24 hours. Cellular viability was evaluated via MTT and Neutral Red assays. Also, activated caspase-3 and
Bax/Bcl-2 ratio, as the biochemical markers of cell apoptosis, were determined using immunoblotting. The hyperoxic preexposure
protocol significantly protects renal AD293 cells against cisplatin-induced toxicity. Oxygen pretreatment also partially attenuated
the cisplatin-induced cytotoxic effects on Hela and OVCAR-3 cells. However, it did not completely protect these cells against the
therapeutic cytotoxic effects of cisplatin. In summary, the protective methods for reducing cisplatin nephrotoxic side effects like
oxygen pretreatment might be associated with concurrent reduction of the therapeutic cytotoxic effects of cisplatin on malignant
cells like cervical carcinoma (Hela) and ovarian adenocarcinoma (OVCAR-3) cells.

1. Introduction
Cisplatin (CP) (cis-diamminedichloroplatinum (II)) as an
antineoplastic drug is a standard component in treatment
regimens for many solid tumors like head and neck, ovarian,
cervical, and testicular cancers. The efficacy of cisplatin is
dose-dependent and the main dose-limiting side effect of
cisplatin is nephrotoxicity. However, there are some other
adverse effects like ototoxicity, neurotoxicity, gastrotoxicity,
and myelosuppression [1, 2]. It is well known that cisplatin,
depending on the dose of administration, causes renal tubular
cell death at least through affecting two distinct cellular
mechanisms. With higher doses, necrotic cell death is predominant, whereas lower concentrations which are most
commonly used in real clinical practice primarily induce

apoptosis [1, 3]. Even with hydration, as the accepted method
for reducing cisplatin nephrotoxicity, about one-third of
patients treated with this drug have some evidence of renal
damage (such as transient elevation of blood urea nitrogen
levels) within the days following cisplatin administration [4].
It has been demonstrated that oxygen pretreatment
largely reduces cisplatin-induced nephrotoxicity both in vitro
and in vivo [5–7] and some clinical studies have used hyperoxic pretreatment method for reducing cisplatin-induced
nephropathy in cancer patients [8]. Nevertheless, it has not
been revealed whether this highly protective effect of oxygen
pretreatment on renal tubular cells is associated with reduced
therapeutic cytotoxic effects of cisplatin on malignant cells.
In fact, the present study focused on preclinical and in vitro
aspects of this concern.
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On the other hand, it has been proposed that normobaric
or hyperbaric oxygen therapy elicits direct antitumoral effects
[9] and in some cases can enhance chemotherapeutic activity
of some anticancer drugs especially on hypoxic tumoral cells.
For example, it has been shown that combined administration
of cisplatin and hyperbaric oxygen enhances chemotherapeutic response to cisplatin in epithelial ovarian cancer cells in
mice xenografts [10]. Despite the possible chemosensitizing
effect of simultaneous oxygen administration, the direct
effects of malignant cell “preoxygenation” on chemotherapeutic activity of anticancer drugs such as cisplatin have not
been studied yet. It should be noted that, in the course of
hyperbaric or hyperoxic exposure, unlike the inner cells of the
tumor, superficial tumoral cells are exposed to higher tissue
oxygenation. This in vitro study was designed to compare the
effects of short course and single dose hyperoxic pretreatment
on cytotoxic and apoptotic effects of cisplatin in normal renal
tubular epithelial cells and two malignant ovarian (OVADR3) and cervical (Hela) cell lines.

2. Materials and Methods
2.1. Materials. Cell culture reagents, fetal bovine serum
(FBS), penicillin-streptomycin solution, and trypsin EDTA
were purchased from Biosera Co. (East Sussex, UK). Dishes
and culture flasks were obtained from SPL Lifesciences Inc.
(Gyeonggi-do, South Korea). Cisplatin, 3-[4,5-dimethyl-2thiazolyl]-2,5-diphenyl-2-tetrazolium bromide (MTT), and
Neutral Red were acquired from Sigma (St. Louis, MI, USA).
Primary polyclonal anti-caspase-3 and primary monoclonal
anti-𝛽-actin antibodies were purchased from Cell Signaling
Technology, Inc. (Beverly, MA, USA). Primary polyclonal
anti-Bax and primary monoclonal anti-Bcl-2 antibodies were
purchased from Santa Cruz Biotechnology, Inc. (Delaware
Ave., Santa Cruz, USA).
2.2. Cell Culture. AD293 (human embryonic kidney epithelial-like), Hela (human cervical carcinoma epithelial-like), and
OVCAR-3 (human ovarian adenocarcinoma epithelial-like)
cells were purchased from National Cell Bank of Iran (NCBI),
Pasteur Institute of Iran (Tehran, Iran). Cells were grown
on Dulbecco’s modified Eagle’s medium (DMEM) enhanced
with 10% fetal bovine serum, penicillin (100 U/mL), and
streptomycin (100 mg/mL). They were preserved at 37∘ C
under an atmosphere of 5% CO2 .
2.3. Experimental Groups. Four experimental groups were
assessed for each cell type as follows: (1) cells incubated with
normal air flow and cisplatin vehicle (Air + Veh); (2) cells
incubated with oxygen flow and cisplatin vehicle (O2 + Veh);
(3) cells incubated with normal air flow and cisplatin (Air +
CP); (4) cells incubated with oxygen flow and cisplatin (O2 +
CP).
All three cell types (AD293, Hela, and OVCAR-3) were
grown in plastic culture flasks and used in exponential
growth phase or when grown to confluent monolayer. Growth
medium was changed three times a week. For the MTT and
Neutral Red assays, cells were plated at the density of 5000
per well in a 96-well microplate (7-8 wells were determined
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for each experimental group). In experiments related to
each cell type, cells in “Air + Veh” and “O2 + Veh” groups
were grown in normal medium, and cells in the other 2
groups were grown in culture medium with cisplatin. For
protein extraction, cells were grown in a six-well plate and
allowed to attach and grow for 24 h. Cisplatin was dissolved
in phosphate-buffered saline (PBS), and then the cells were
incubated in a medium with cisplatin or vehicle (PBS) for
24 h. Cisplatin was used by its previously determined lethal
dose 50% (LD50 ) in experiments related to each cell type, that
is, 50 𝜇M, 35 𝜇M, and 30 𝜇M for AD293, Hela, and OVCAR3 cells, respectively. LD50 was approved by both MTT and
Neutral Red cell viability assays (Figure 1).
2.4. Hyperoxic Pretreatment and Cisplatin Administration.
Prior to drug treatment, to produce hyperoxia preexposure, different cell line plates in incubator were exposed to
95% oxygen/5% CO2 with continuously flowing humidified
atmosphere for 2 h at 37∘ C. Parallel plates were kept in
continuously flowing humidified 95% air/5% CO2 . Closely
following oxygen pretreatment, cisplatin (or vehicle) was
added to the culture plates. Via an oxygen meter (Lutron
DO-5510, Taiwan), oxygen content of the chamber was
checked throughout the preexposure period. It should be
noted that, initially, there were 2 other control groups in
each experimental set in which cells were simply incubated
with normal air and 5% CO2 without any flow. However,
continuous air flow did not affect the cell viability or apoptotic
markers. Thus, the control groups, treated with cisplatin or
vehicle without any air flow, were not considered in the final
analysis.
2.5. Cell Viability Analysis
Neutral Red Assay. For in vitro cellular cytotoxicity evaluation, Neutral Red assay has been widely used. This test
is based on the combination of Neutral Red (3-amino-7dimethyl-1-2-methylphenazine hydrochloride) into the lysosomes of viable cells. Neutral Red (4 mg/mL) was diluted into
medium (1 : 100) and incubated overnight at 37∘ C and, before
use, the Neutral Red solution was centrifuged. Prepared Neutral Red solution (200 𝜇L) was added to any well and the cells
were incubated for 3 h (37∘ C). After that, using 1% calcium
chloride and 0.5% formaldehyde solution, the cells were
quickly washed. After 10 min incubation of the cells (at room
temperature) with a 50% ethanol and 1% acetic acid solution,
the Neutral Red dye was released from the viable cell. Finally,
absorbance (OD) values were measured by spectrophotometry at 540 nm. Results values were expressed as percentages of
control.
MTT Assay. Cellular viability was evaluated by the 2(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide
(MTT) reduction to formazan. MTT was dissolved in PBS
and added to the culture media at 0.5 mg/mL as a final
concentration. After additional 2 h incubation at 37∘ C, the
supernatant media were carefully removed and 100 𝜇L DMSO
was added to each plate well. Finally, wavelengths absorbance
(OD) values were determined at 540 nm by spectrophotometry with a microplate reader apparatus (Eliza MAT 2000,
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Figure 1: Effect of cisplatin on cell viability. Different cells types (AD293-(a), Hela-(b), and OVCAR-3-(c)) were incubated with variant doses
of cisplatin for 24 h. Cell viability was determined by MTT and Neutral Red assays. Data are mean ± SD; 𝑛 = 6–8 wells for each group/cell
type; ∗ 𝑝 < 0.05, ∗∗ 𝑝 < 0.01, and ∗∗∗ 𝑝 < 0.001 versus control.

DRG Instruments, GmbH). Each experiment was performed
5-6 independent times. Results were represented as percentages of control.
2.6. Western Blot Analysis. AD293, Hela, and OVCAR3 cells were separately homogenized in ice-cold buffer
containing 10 mM Tris-HCl (pH 7.4), 1 mM EDTA, 0.1%
SDS, 0.1% Na-deoxycholate, and 1% NP-40 which is supplemented with protease inhibitors (1 mM sodium orthovanadate, 10 𝜇g/mL aprotinin, 1 mM phenylmethylsulfonyl
fluoride, and 2.5 𝜇g/mL of leupeptin). The homogenate was
centrifuged at 14000 rpm for 15 min at 4∘ C. The subsequent
supernatant was preserved as the whole cell fraction. Via

the Bradford method, protein concentration was evaluated.
The same amounts of protein (40 𝜇g) were resolved on a
12% SDS-PAGE gel and finally transferred to PVDF membranes (Roche, Germany) electrophoretically. After overnight
blocking (4∘ C) with 5% nonfat dried milk (blocking buffer,
TBS-T, 150 mM NaCl, 20 mM Tris-HCl, and 0.1% Tween 20,
pH 7.5), the PVDF membranes were explored with rabbit
monoclonal antibody to caspase-3 (Cell Signaling Technology, 1 : 1000 overnight at 4∘ C) and Bax and Bcl-2 (Santa Cruz
Biotechnology, 1 : 1000 for 3 h at room temperature).
The blots were incubated for 60 min (room temperature)
by a secondary antibody conjugated to horseradish peroxidase (1 : 15000, GE Healthcare Bio-Sciences, USA) following
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washing three times in TBS-T. The blocking buffer was
used as a diluent of antibodies. The complexes of antibodyantigen were indicated via the ECL system and exposed
to chemiluminescent detection film (Roche, Germany). To
analyze the intensity of the expression, Lab Work analyzing
software (UVP, UK) was used. 𝛽-Actin immunoblotting
(antibody from Cell Signaling Technology, USA; 1 : 1000) was
used to control for loading. The western blot experiments for
each protein were performed 4-5 independent times.
2.7. Statistical Analysis. Cell viability results were expressed
as mean ± SEM. The difference in mean cell viability assays
between experimental groups was examined by One-Way
ANOVA, followed by Tukey’s post hoc test. The values of
protein band densities (Bax, Bcl-2, and caspase-3) were
expressed as tested protein/𝛽-actin ratio for each sample and
were expressed as median (range) in related graphs. Different
groups were compared by Kruskal-Wallis followed by Mann–
Whitney U test between selected groups. GraphPad Prism
(GraphPad Software, USA) and IBM SPSS Statistics (version
15) software were used for drawing graphs and statistical
analysis, respectively. 𝑝 < 0.05 was considered as significant.

3. Results
3.1. Cell Viability Results. At first, we analyzed the effects of
different concentrations of cisplatin on human embryonic
kidney epithelial-like (AD293), cervical carcinoma epitheliallike (Hela), and ovarian adenocarcinoma epithelial-like
(OVCAR-3) cells viability using the MTT and Neutral Red
assays. After the initial 24 h attachment/growth period, confluent monolayers of cultured cells were exposed to cisplatin
(at the concentrations of 20 to 70 𝜇M for 24 h). Figure 1 shows
that cisplatin could decrease the viability of all cell types and
this toxicity was dose-dependent. The toxic effect observed in
50, 35, and 30 𝜇M cisplatin for AD293, Hela, and OVCAR3, respectively, resulted in approximately 50% decrease of
relative cell viability and this was used as the optimum dose
for damaging the cells and evaluating the protective effects of
the oxygen pretreatment (Figure 2).
As shown in Figure 2, there was no significant difference
between “Air + Veh” and “O2 + Veh” groups in any cell
type indicating that 2 hours of 90% oxygen pretreatment did
not have any toxic effect either on AD293 or malignant cells
(Hela and OVCAR-3) (Figure 2). In AD293 cells, there was
no significant difference among “O2 + CP” group and both
vehicle treated groups and there was a significant difference
between “O2 + CP” and “Air + CP” groups. Thus, MTT and
Neutral Red assays showed that oxygen pretreatment largely
protects human renal AD293 cells against acute single dose
cisplatin-induced toxicity (Figure 2).
In contrast to normal AD293 cells, in the case of malignant Hela and OVCAR-3 cell lines, there was a significant
difference between “O2 + CP” and both “Air + CP” and
“O2 + CP” groups. This means that cisplatin cytotoxic effects
on these cell lines exist despite hyperoxic pretreatment. But
there was a significant reduction in the cytotoxic effects of
cisplatin as determined by significant higher cell viability
results in “O2 + CP” group compared to “Air + CP” group
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in both MTT and Neutral Red assays of these two cell lines
(Figure 2).
3.2. Western Blot Results. Figure 3 shows western blot results
of renal AD293 cells. It is obvious that cisplatin led to
increased expression of apoptosis markers, that is, cleaved
caspase-3, Bax, and Bax/Bcl-2 ratio. Furthermore, oxygen
pretreatment significantly decreased cisplatin-induced apoptosis. There was not any significant difference in the expression level of the antiapoptotic protein, Bcl-2, among various
groups in all 3 cell types (Figures 3–5). Also, cisplatin led to
a significant higher expression of apoptotic markers in Hela
and OVCAR-3 cells and there was a significant (or marginally
significant) cisplatin-induced increase in expression of apoptotic markers, despite pretreatment with oxygen, except for
the cleaved caspase-3 of Hela cells (𝑝 = 0.11 between “O2
+ CP” and “Air + CP” groups, Figure 4(a)). There was a
significant (Bax in Hela cells, Figure 4(b)), marginally significant (Bax/Bcl-2 in Hela cells, Figure 4(d)), or nonsignificant
(cleaved caspase-3 in Hela cells (Figure 4(a)) and all apoptotic
markers in OVCAR-3 cells (Figures 5(a)–5(d))) reduction of
apoptotic markers in oxygen pretreated groups subjected to
cisplatin administration.
3.3. Discussion. As mentioned in the Results, oxygen pretreatment attenuates, at least, some antitumor properties of
cisplatin on Hela and OVCAR-3 cell lines; however, it is
noteworthy that in this study the antitumor properties of
cisplatin were not fully abolished. Cisplatin cellular toxicity
on renal tubular AD93 cells was highly reduced in two control
groups (with no cisplatin treatment) after oxygen preconditioning procedure. Bax and cleaved caspase-3 expiration,
proteins related to apoptosis, were elevated fallowing cisplatin
treatment in AD93 cells. Hyperbaric oxygen pretreatment
elicited a significant inhibitory effect on elevated Bax and
cleaved caspase-3 expiration on AD93 cells. It should be
noted that cisplatin oxygen pretreatment before cisplatin
therapy has no significant effect on Bcl-2 expiration in
AD93 cells. Cisplatin increased caspase-3 activation and Bax
expression as apoptosis markers in Hela cells. It should
be noted that cisplatin-induced cellular toxicity, through
apoptosis mechanisms, remained after oxygen preconditioning. In addition, after oxygen preconditioning, reduction in
Bax expression was significant compared to cisplatin treated
Hela cells (without oxygen preconditioning). But there was
no significant deference in reduction of cleaved caspase-3
expressions between oxygen preconditioning + cisplatin and
non-oxygen preconditioning + cisplatin treated Hela cells.
Cisplatin treatment had no significant effect on Bcl-2 expression level in Hela cells. Cisplatin elevated Bax expression
and caspase-3 activation in ovarian cancer cell line, OVCAR3. Similar to Hela cells, cisplatin-induced apoptosis factors
still remained following oxygen preconditioning. It should be
noted that, following oxygen preconditioning + cisplatin, no
significant difference was observed between the expression
levels of Bax and cleaved caspase-3 compared to that of
cisplatin treated OVCAR-3. Also, cisplatin therapy or oxygen
preconditioning had no significant effect on Bcl-2 protein
expression in OVCAR-3 cells.
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Figure 2: Hyperoxic preconditioning prevents cisplatin-induced cells death. AD293 (a), Hela (b), and OVCAR-3 (c) cells were treated with
nearly pure oxygen (≥90%) preconditioning (2 h) and then cisplatin (50, 35, and 30 𝜇M for AD293, Hela, and OVCAR-3 cells, resp.) was
added for an additional 24 h. Cell viability was then determined using the MTT and Neutral Red assays. Data are mean ± SEM; 𝑛 = 6–8
wells for each group; ∗∗∗ 𝑝 < 0.001 versus both “Air + Veh” and “O2 + Veh” groups (in (a), (b), and (c) parts); & 𝑝 < 0.05, && 𝑝 < 0.01, and
&&& 𝑝
< 0.001 versus “Air + CP” group (in (a), (b), and (c) parts).

As we know, cisplatin is one of the most potent antitumor platinum based agents. It is also a very effective
compound against a wide spectrum of cancers [1]. Despite
the useful properties of platinum compounds, they are toxic.
Patients getting these agents experience strict side effects
which in turn seriously restricts further administration.
Thus, in order to achieve success in tumor chemotherapy,
management of such drug-induced cytotoxicity is of critical
significance. The side effects of platinum therapy include
general cell-damaging effects, such as nausea, vomiting,
and decreased number of blood cells and platelets, as
well as reduced bone marrow production and attenuated
response to infection. More specific side effects include

damage to the kidney, neuronal damage, and hearing loss
[11–13].
In this regard, the main controlling approaches include
renoprotection and enhancing drug removal via hydration
using osmotic diuretics. However, avoiding the nephrotoxic
medications is crucial and additional therapies are also
required.
Cisplatin causes significant oxidant loading to the renal
epithelial cells through free radical production which results
in damage to the antioxidant defense systems [14]. Cisplatininduced oxidative stress has been proposed as an inducer in
both Fas-mediated [15] and mitochondrial pathways [16, 17]
of renal cell apoptosis [1].
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Figure 3: Western blot analysis of the caspase-3 protein activation, Bax, Bcl-2, and Bax : Bcl-2 ratio of AD293 cells. Cells were exposed to
cisplatin (50, 35, and 30 𝜇M for AD293, Hela, and OVCAR-3 cells, resp.) and cisplatin plus hyperoxic preconditioning (2 h) for 24 h. Each
value in the graph represents the mean ± SEM band density ratio for each group. Beta-actin was used as an internal control (𝑛 = 4).

Previous studies by this group have demonstrated that
pretreatment with hyperbaric oxygen could protect the rat
kidney against cisplatin-induced nephropathy [7]. In addition, it has been shown that oxygen preconditioning can
protect human renal tubular cells from cisplatin-induced
cytotoxicity in vitro [5]. Likewise, in animal models, oxygen pretreatment reduces ischemia-reperfusion injuries in
various vital organs such as the central nervous system [18–
21], liver [22, 23], heart [24], and kidney [25, 26]. Moreover,
it has been reported that hyperoxic preconditioning could

attenuate hypoxia-induced apoptosis in cultured mesenchymal stem cells [27]. In addition, the negative properties
of deceased-donor hypoxia and useful properties of livingdonor hyperoxic preconditioning on kidney graft function
have been demonstrated in some clinical investigations [28,
29]; however, some others failed to show such a relevance
[30].
Short-term pretreatment with oxygen partially elevated
ROS induction in various tissues [31]. It seems that these useful effects are associated with the upregulation of endogenous
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Figure 4: Western blot analysis of the caspase-3 protein activation, Bax, Bcl-2, and Bax : Bcl-2 ratio of Hela cells. Cells were exposed to
cisplatin (50, 35, and 30 𝜇M for AD293, Hela, and OVCAR-3 cells, resp.) and cisplatin plus hyperoxic preconditioning (2 h) for 24 h. Each
value in the graph represents the mean ± SEM band density ratio for each group. Beta-actin was used as an internal control (𝑛 = 4).

mechanisms underlying cellular defense such as antioxidant
systems and heat shock proteins [6, 21, 32]. On the other
hand, a prior investigation revealed that intermittent oxygen
exposure can induce more potent degrees of tolerance to
ischemia in rat brain in comparison with continued oxygen pretreatment [19]. Furthermore, delayed cardioprotective effects of hyperoxic preconditioning against ischemiareperfusion injury could be continued via intermittent oxygen administration [33]. Although long-term hyperoxic treatment could be toxic by itself, short-term oxygen preconditioning is a safe procedure that could be effortlessly applied
in clinical practice [34].

As previously mentioned, cisplatin administration leads
to significant oxidant loading to the renal epithelial cells
through formation of free radicals as well as damage to
cellular antioxidant defense systems. This explains, at least
partially, the cellular mechanisms through which cisplatininduced cytotoxic effects are mediated on renal tubular cells
[35, 36].
Previous in vivo investigations have shown that shortterm pretreatment with nearly pure oxygen causes some
degrees of protection against nephrotoxicity induced by
cisplatin and renal as well as cardiac ischemic injuries [5–
7, 33]. These protective properties could be due to exciting the
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Figure 5: Western blot analysis of the caspase-3 protein activation, Bax, Bcl-2, and Bax : Bcl-2 ratio of OVCAR-3 cells. Cells were exposed
to cisplatin (50, 35, and 30 𝜇M for AD293, Hela, and OVCAR-3 cells, resp.) and cisplatin plus hyperoxic preconditioning (2 h) for 24 h. Each
value in the graph represents the mean ± SEM band density ratio for each group. Beta-actin was used as an internal control (𝑛 = 4).

endogenous defense mechanisms such as antioxidant systems
via induction of mild oxidative stress by hyperoxia [33].
However, there is no evidence in the literature in support of
cisplatin-induced injury attenuation via oxygen pretreatment
in human renal tubular cells.
An additional important concern is that most cisplatin
cytotoxic effects are mediated via various common pathways
among tumoral and renal epithelial cells. Hence, approaches
that decrease cisplatin-induced nephropathy might have
some unsought complications which in turn reduce the
antitumor effect of this valuable drug [2].

Over the past half century, hyperbaric oxygen treatment
has been used as an operative and safe cure for a variety of
nonmalignant situations like decompression sickness, arterial
embolism, and severe carbon monoxide poisoning [37, 38].
In addition, hyperbaric oxygen has been applied for the
management of several chronic radiation injury forms [39–
41]. A significant interpretation of the literature on the
efficacy of hyperbaric oxygen treatment in this context is
complicated by the heterogeneity of the treated disease,
the various tissue damage types, and the several toxicity
scoring systems used. Few randomized controlled trials using
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oxygen therapy for the management of chronic radiation
injury have been investigated; however, the findings appear
promising for some subgroups such as head and neck
patients and for those with proctitis as a result of radiation
[39].
Apoptosis investigations in neoplasms treated with
hyperbaric oxygen are very limited. Two in vitro investigations on oral and breast cancer cells showed no significant change in apoptosis following hyperbaric oxygen [42,
43]. In addition, another study supports the activation of
the proapoptotic pathway, mitogen-activated protein kinase
(MAPK), and downregulation of the antiapoptotic pathway,
extracellular-signal-regulated kinases (ERK), in hematopoetic cells following hyperbaric oxygen treatment [44].
Moreover, hyperbaric oxygen treatment has been shown
to induce apoptosis in osteosarcoma cells [45]. Also, two
different in vivo models, gliomas and breast tumors, have
reported the induction of cell death following hyperbaric
oxygen treatment [46–48].
Altogether, this may suggest that changes in concentration of oxygen affected the cellular antioxidant pathways [49], leading to a change in cell survival signaling. However, the map is multifaceted and mechanistic
investigations are essential before any last conclusions can
be drawn. Preexposure to oxygen with optimum method
has considerable results in reducing cisplatin-induced renal
injury in experimental studies and the results are largely
encouraging for designing additional clinical trials in cancer
patients.
Additional studies are required to investigate the protective effects of oxygen pretreatment against cisplatin-induced
cytotoxicity among different tumoral and renal cells.

4. Conclusion
Hyperbaric oxygen preconditioning induces potent protective effects against cisplatin-induced renal epithelial cells
toxicity. This protective effect may relate, at least in part,
to a reduction in cisplatin-induced cellular apoptosis mechanisms. In spite of the potent protective effects, hyperbaric oxygen preconditioning may reduce the antitumoral
properties of cisplatin. The cellular mechanisms underlying these effects may relate to a reduction in apoptosis
factors.
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Breast cancer is characterized by overexpression of superoxide dismutase (SOD) and downregulation of catalase and more
resistance to hydrogen peroxide (H2 O2 ) than normal cells. Thus, relatively high H2 O2 promotes breast cancer cell growth and
proliferation. However, excessive intracellular H2 O2 leads to death of breast cancer cells. In cancer cells, high level ascorbic acid
(Asc) is able to be autoxidized and thus provides an electron to oxygen to generate H2 O2 . In the present study, we demonstrated
that triethylenetetramine (TETA) enhances Asc autoxidation and thus elevates H2 O2 production in MCF-7 cells. Furthermore,
Asc/TETA combination significantly impaired cancer cell viability, while having much milder effects on normal cells, indicating
Asc/TETA could be a promising therapy for breast cancer. Moreover, SOD1 and N-acetyl-L-cysteine failed to improve MCF-7 cells
viability in the presence of Asc/TETA, while catalase significantly inhibited the cytotoxicity of Asc/TETA to breast cancer cells,
strongly suggesting that the selective cytotoxicity of Asc/TETA to cancer cells is H2 O2 -dependent. In addition, Asc/TETA induces
RAS/ERK downregulation in breast cancer cells. Animal studies confirmed that Asc/TETA effectively suppressed tumor growth
in vivo. In conclusion, TETA synergizes pharmacologic Asc autoxidation and H2 O2 overproduction in breast cancer cells, which
suppresses RAS/ERK pathway and results in apoptosis.

1. Introduction
Hydrogen peroxide plays an integral role in cancer cell
biology. Cancer cells produce more H2 O2 than normal
cells [1], firstly due to an overreaction of enzymes in the
electron transport chain that produces excessive reactive

oxygen species (ROS) [2] and secondly as a consequence of
the overexpression of superoxide dismutase (SOD), which
converts superoxide (O2 − ) to hydrogen peroxide (H2 O2 ) [3].
Breast cancer is the leading cause of cancer-related
deaths in females worldwide [4]. Like many malignancies
it is characterized by overexpression of SOD along with
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Ascorbate + H2 O → AscH− + Asc∙−
Asc2− + O2 → Asc∙− + O2 ∙−
2Asc∙− + H+ → AscH− + DHA

(1)

2O2 ∙− + 2H+ → H2 O2 + O2
Therefore, it is important to investigate whether a high
concentration of Asc associated autoxidation is critical for its
anticancer effects. Asc is very stable and barely autoxidizes
alone. However, in the presence of oxidative metal activators,
such as iron, copper, and manganese, Asc autoxidation can
be dramatically promoted as evidenced by the accumulation
of ascorbic acid ion (Asc∙− ) and ultimately result in elevated
O2 ∙− and H2 O2 production [12]. In addition, O2 ∙− can further
be reduced to H2 O2 by accepting electron from Asc [13].
The function of catalysts for Asc autoxidation in aqueous
solution mainly relies on their component groups [7], especially the amino groups, which are considered prooxidative
[14]. Triethylenetetramine (TETA) is a telomerase inhibitor
that has been clinically used to treat cancer for decades [15].
Previous studies demonstrate that TETA could overcome
cisplatin resistance in human ovarian cancer cell cultures,
via inhibition of Cu/Zn superoxide dismutase, namely, SOD1
[16, 17]. TETA is an alkali compound containing two amino
groups and has a tendency to undergo redox as well as
acid-base reactions in aqueous solution. Moreover, it possesses 4 nitrogen atoms, which have 1s22s22p3 electronic
arrangement. Each nitrogen atom has a lone pair of electrons,
which is able to pair with a proton from Asc. Therefore, we

Catalase

300
250
[O2 ] (𝜇mol/L)

downregulation of catalase (CAT), which converts H2 O2 to
H2 O and O2 . Thus, breast cancer cells maintain a higher
intracellular H2 O2 than normal cells [5], suggesting breast
cancer cells are able to accumulate and tolerate H2 O2 within
certain range. However, mild elevating of H2 O2 in cancer
cells has been shown to arrest the cell cycle and induce
apoptosis and has proven beneficial [6, 7]; this indicates
selective overload of H2 O2 in cancer cells could be a therapeutic strategy for breast cancer. Indeed, hydrogen peroxide
inducible agents have shown potential as anticancer drugs [8].
However, most chemotherapeutic agents for cancer are toxic
to the host. Therefore, existing medicine or natural products
that selectively promote H2 O2 production in cancer cells,
sparing normal cells, are promising candidates for achieving
therapeutic activity and selectivity.
Ascorbic acid (Asc), also known as vitamin C, is a wellknown natural antioxidant. It has been long assumed to be
essential for free radical clearance [9]. Previous studies have
reported that high concentrations of Asc are able to induce
autoxidation and thus reveal anticancer effects [7], while
lower concentrations of Asc failed to show similar effects [10].
In sequential one-electron oxidations, the high concentration of Asc donates 2 electrons to oxygen resulting in
formation of dehydroascorbic acid (DHA) and H2 O2 . The
sequential one-electron oxidation of Asc can occur via the
dianion Asc2− , which autoxidizes in the presence of dioxide to
produce the Asc− , dehydroascorbic acid, and H2 O2 [11]. This
process is shown in the following formulas:
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Figure 1: The effects of TETA on Asc oxidation. Oxygen consumption rate (OCR) of Asc in aqueous solution was determined by
the use of an electrode oxygen monitor. 1 mM Asc alone, 30 𝜇M
TETA/1 mM Asc, or 30 𝜇M TETA alone was added to DMEM with
10% FBS. 600 U/mL catalase was then given into each reaction to
determine the return of O2 .

hypothesized that TETA could enhance Asc autoxidation in
breast cancer cells and thus elevate intracellular H2 O2 , which
will further boost Asc derived selective cytotoxicity to breast
cancer cells (Figure 1). In the present study, we investigated
the effect TETA has on H2 O2 production from Asc solution.
We then used in vitro models to study its role in regulating
breast cancer cell apoptosis, as well as underlying molecular
mechanisms, by the use of an in vivo animal model.

2. Materials and Methods
2.1. Cell Culture. All the cell lines were purchased from The
Cell Bank of Chinese Academy of Sciences (Shanghai).
Cells were cultured in Dulbecco’s modified Eagle’s medium
(DMEM, HyClone, SH30022.01B, USA) supplemented with
10% Fetal Bovine Serum (FBS) (Gibco, USA) at 37∘ C in a
humidified atmosphere with 5% CO2 .
2.2. Oxygen Consumption Assay. The rate of oxygen consumption (OCR, 𝑑[O2 ]/𝑑𝑡) was determined as previously
described [7]. Briefly, a Clark electrode oxygen monitor (YSI
Inc.) was connected to an ESA Biostat multielectrode system
in DMEM (10% FBS). The effect of TETA on the OCR of Asc
was then measured and recorded. Accumulation of H2 O2 was
determined by adding catalase (Sigma, C9322-1G, Germany).
2.3. MTT Assay. MCF-7 cells were seeded in 96-well plates (3
× 103 cells/well), followed by 12 h or 24 h of treatments. The
media containing Asc was removed before being subjected to
MTT assay, because the oxidative products of Asc interfere
with the MTT assay. 100 𝜇L of serum-free DMEM medium
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was applied into each well, and then 20 𝜇L of 3-(4,5)-dimethylthiahiazo(-z-y1)-3,5-diphenytetrazoliumromide (MTT)
(Sigma, Germany) was added to each well. Followed by 4 h of
incubation at 37∘ C, all media were removed and then 150 𝜇L
of dimethyl sulfoxide (DMSO) (Sigma, Germany) was added
to each well; after 10 min of shaking, the value of OD490 was
recorded by a Varioskan Flash (Thermo Fisher, Finland).
2.4. ROS Measurement. The intracellular ROS was detected
by using H2 DCF (Sigma, Germany) as previously reported
[18]. Briefly, 10 𝜇M of H2 DCF was added onto cells for 30 min,
and then cells were harvested and analyzed by a fluorescence
microscope (KEYENCE Corporation).
2.5. Western Blotting. MCF-7 cells were harvested by the
use of ice-cold RIPA lysis buffer (Beyotime Biotechnology,
Shanghai, China) and protein concentration was determined
using the BCA protein quantification kit (Beyotime Biotechnology, Shanghai, China); western blotting was performed as
previously described [19]. Primary antibodies of anti-Ac-H3,
anti-SOD1, anti-CAT, anti-ERK, anti-p-ERK, anti-Cyt-C, and
anti-caspase 9 were purchased from Bioworld Technology
(Nanjing, China), anti-PARP, rabbit anti-caspase 3, and antiAc-H3 were purchased from Cell Signaling Technology,
Danvers, USA, anti-RAS was purchased from BD, USA,
and anti-GAPDH was purchased from Earthox, Millbrae,
USA. The secondary antibodies were purchased from Biogot
Biotechnology (Nanjing, China), and ECL SuperSignal West
Femto Maximum Sensitivity Substrate was purchased from
Thermo Fisher.
2.6. Transient Transfection. 1 × 105 cells were plated into each
well of a 24-well plate 24 hours before transfection. shRNA
(600 ng/well) or Plasmids (800 ng/well) were transfected
with Lipofectamine 3000 (Invitrogen, USA) according to the
manufacturer’s protocol.
SOD1, NM 000454.3-582s1c1: CCGGGCTGTAGAAATGTATCCTGATCTCGAGATCAGGATACATTTCTACAGCTTTTTG.
CAT, NM 001752.2-1371s1c1: CCGGCGGAGATTCAACACTGCCAATCTCGAGATTGGCAGTGTTGAATCTCCGTTTTTG.
2.7. Xenograft Study. 6-week-old female nude mice (BALB/cnu) were purchased from Vital River Laboratories (Beijing,
China), the animal experiments were approved by the Medical Ethics Committee of Chongqing Medical University, and
all of the procedures were in accordance with the National
Institutes of Health guide for the care and use of Laboratory
animals. In short, MCF-7 cells (5 × 106 in 200 𝜇L) were
subcutaneously delivered into the hind leg of mice, and
a 0.72 mg 90 days’ release 17𝛽-estradiol pellet (Innovative
Research of America, USA) was implanted subcutaneously
into the front-back area to facilitate optimal tumor growth.
The tumors were allowed to grow 14 days to reach the greatest
dimension of about 3–5 mm, and treatments were initiated
on the 14th day. Mice were randomly divided into 4 groups,
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including control (0.01 M PBS); Asc (3 g/kg body weight);
TETA (30 mg/kg body weight); and Asc (3 g/kg body weight)
plus TETA (30 mg/kg body weight), 10 mice in each group.
Treatments were given via intraperitoneal injection daily for
25 consecutive days. Tumor size was measured every 2 days
using a vernier caliper, while tumor volume was estimated
based on the following formula: tumor volume (mm3 ) = 𝐿 ×
𝑊2 /2, where 𝐿 is the greatest dimension of the tumor, and
𝑊 means the dimension of the tumor in the perpendicular
direction. Animals were sacrificed by CO2 euthanasia when
the tumor size reached 1,000 mm3 .
2.8. Statistical Analysis. Data are expressed as mean ± SD. A
variety of statistical tests using GraphPad Prism 5 software
were used on the basis of the design required for the specific
question being asked. This meant using 𝑡-tests and 2-way
ANOVA. A value of 𝑝 < 0.05 was considered statistically
significant.

3. Results
3.1. TETA Synergizes Ascorbic Acid Oxidation. To investigate
the effect of TETA on promoting H2 O2 generation from Asc,
oxygen consumption of Asc in the presence and absence of
TETA has been measured, respectively. As shown in Figure 1,
1 mM Asc in DMEM with 10% FBS resulted in an OCR
of 55 nmol/L/s; and additional 30 𝜇M of TETA increased
OCR to 110 nmol/L/s, while 30 𝜇M of TETA alone barely
consumes O2 and generates H2 O2 . However, in the presence
of catalase (600 U/mL), H2 O2 accumulation in Asc/TETA
was dramatically suppressed compared to Asc or TETA alone.
Taken together, this evidence strongly suggested that TETA
enhanced Asc-dependent H2 O2 generation.
3.2. Asc/TETA Combination Promotes Apoptosis in MCF-7
Cells. To further examine the cytotoxicity of Asc/TETA
derived H2 O2 to breast cancer cells, MCF-7 cells were
treated with Asc (1 mM) along with different doses of TETA
(10 𝜇M, 30 𝜇M, and 50 𝜇M) for 12 hours. MTT assay results
demonstrated that Asc alone resulted in a 40% reduction in
MCF-7 proliferation, while TETA alone did not show any
effect on cell viability. Intriguingly, the combinations of Asc
and TETA significantly decreased cell viability compared to
Asc alone (Figure 2(a)). Moreover, a prolonged incubation
of Asc/TETA for 24 hours led to further reduction in cell
viability, indicating that the anticancer effect of Asc/TETA
combination is in a time-dose manner (Figure 2(b)). Further
western blotting unveiled that Asc/TETA suppresses MCF7 cell viability by elevating apoptotic signaling of caspase 9
and caspase 3 (Figure 2(c)). Morphology and cell cloning
experiments confirmed that TETA synergizes Asc mediated
cytotoxicity on MCF-7 cells (Figures 2(d) and 2(e)). Taken
together, these results strongly suggest that TETA synergizes
the anti-breast cancer effect of Asc in vitro.
3.3. Asc and TETA Synergize to Enhance Cytotoxicity In Vitro.
To further validate whether the synergistic effects of Asc and
TETA on cell death are specific for cancer cells, in addition to
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Figure 2: Asc/TETA combination induces apoptosis in MCF-7 cells. MCF-7 cells were treated with 1 mM Asc along with 10 𝜇M, 30 𝜇M,
or 50 𝜇M of TETA for 12 hours. (a) MTT assay was performed to assess MCF-7 viability, ∗ 𝑝 < 0.005, # 𝑝 < 0.0001, 𝑛 = 6; (b) viability of
MCF-7 cells was measured by MTT assay after 6, 12, and 24 hours of 1 mM Asc/10 𝜇M TETA treatment, 𝑛 = 6. (c) Effects of different dosage
of Asc/TETA (1 : 100) on proapoptotic signaling were examined by western blotting; (d) MCF-7 cells cloning formation experiments were
performed after 12 hours of 1 mM Asc/10 𝜇M TETA treatment. (e) Statistic analysis of 3 independent experiments, ∗ 𝑝 < 0.05 versus control,
#
𝑝 < 0.01 versus Asc, 𝑛 = 3.

various cancer cell lines such as MCF-7, MDA-MB-157, MDAMB-231, U87, HCC-9204, and H1299, multiple normal cell
lines including Hs578Bst, HUVEC, and V79 were incubated
with different concentrations of TETA (5 𝜇M, 10 𝜇M, 30 𝜇M,
and 50 𝜇M) and corresponding doses of Asc (0.5 mM, 1 mM,
3 mM, and 5 mM) in accordance with the 1 : 100 TETA/Asc
ratio. MTT assay results demonstrated that Asc and TETA
have synergistic cytotoxicity on cancer cells but much milder
effects on the viability of normal cells (Figure 3).

3.4. H2 O2 Is Critical for Asc/TETA Induced Cytotoxicity to
MCF-7 Cell. We then assessed the ROS level in MCF-7 cells.
After 4 hours of incubation, Asc alone moderately elevated
ROS level in MCF-7 cells, while TETA alone did not show any
effect on ROS generation. However, Asc/TETA coincubation
resulted in a dramatic increase of ROS compared to the other
groups, while in the presence of N-acetyl-L-cysteine (NAC,
Sigma, V900429, Germany), which degrade ROS except
H2 O2 , Asc/TETA showed much less fluorescence staining
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Figure 3: Selective cytotoxicity of Asc/TETA on various cell lines. MCF-7, MDA-MB-157, MDA-MB-231, U87, HCC-9204, H1299, Hs578Bst,
HUVEC, or V79 cells were incubated with 1 mM, 3 mM, or 5 mM of Asc, respectively, along with 10 𝜇M, 30 𝜇M, or 50 𝜇M of TETA to maintain
1 : 100 TETA-to-Asc ratio. MTT assay was performed to assess the cytotoxicity of Asc/TETA on different cell lines after 12 hours of incubation;
experiment was repeated three times.

(Figure 4(a)). Taken together, these data suggested TETA
potentiated not only H2 O2 but also other types of ROS
production from Asc in MCF-7 cells,
Nevertheless, ROS include hydrogen peroxide (H2 O2 ),
superoxide anions (O2 ∙− ), and hydroxyl radical, to ascertain
whether the cytotoxicity of Asc/TETA specifically results
from H2 O2 ; NAC was applied to MCF-7 cells along with
Asc/TETA.
Western blotting showed that Asc/TETA combination
treatment resulted in inhibition of RAS expression, which
were not rescued by extra NAC treatment. Inversely, although
Asc/TETA also lead to elevation of H3 acetylation in dosedependent manner, such effect was totally reversed by 5 mM
NAC (Figure 4(b)). Moreover, the effects of Asc/TETA on
RAS expression and H3 acetylation demonstrated a timedependent manner (Figure 4(c)). The data suggests that
TETA/Asc suppresses RAS expression in MCF-7 cells principally through H2 O2 , while it upregulates H3 acetylation
mainly through the other types of ROS. Most importantly,
5 mM NAC failed to eliminate the cytotoxicity caused by
Asc/TETA. Taken together, these results indicate that H2 O2
is the primary cytotoxic ROS induced by Asc/TETA in MCF7 cells and possibly through the inhibition of RAS expression.

3.5. The Selective Cytotoxicity of Asc/TETA Derived H2 O2
to MCF-7 Cells due to Compromised CAT Expression. We
subsequently investigated the mechanism underlying the
discrepancy of the cytotoxicity of Asc/TETA combination
in cancer cells and normal cells. The effect of catalase
on Asc/TETA induced cell death was examined by clone
formation experiment; the data (Figure 5(a)) shows that
Asc alone moderately reduced plating efficiency of MCF-7
cells, while neither TETA nor catalase shows similar effect.
However, Asc/TETA combination significantly suppressed
plating efficiency of MCF-7 cells, but the reduction was

almost fully restored in the presence of catalase. We then
determined the expression levels of CAT in MCF-7 cells
and normal cells by immunoblotting. It was shown that
CAT expression level is significantly compromised in MCF7 cells compared to the normal cells (Figure 5(b)). To
further determine the importance of CAT in resistance to
Asc/TETA induced cell death, shCAT was transfected into the
normal breast epithelial HS578Bst cells; it only dramatically
repressed CAT expression in HS578Bst cells (Figure 5(c))
but also significantly impaired cell viability (Figure 5(d)).
This strongly suggests that the selective toxicity to cancer
cells could be attributed to CAT downregulation, and thus
the cytotoxicity of combined TETA and Asc use is primarily
mediated by H2 O2 .
3.6. Asc/TETA Induced Cytotoxicity to MCF-7 Cells Is Not
Mediated by O2 ∙− . Although H2 O2 has been found critical
for TETA/Asc mediated cytotoxicity, the possibility of O2 ∙−
being involved in such anticancer effects has yet to be
ruled out. To distinguish the roles of O2 ∙− and H2 O2 in
TETA/Asc combination derived cytotoxicity, 100 U/mL SOD
was applied onto MCF-7 cells with 1 mMAsc and 10 𝜇M
TETA. In contrast to CAT, SOD failed to rescue cell survival
in the presence of Asc and TETA but exacerbated Asc and
TETA combination induced cell death (Figure 6(a)). This
indicates that O2 ∙− does not contribute to TETA and Asc
mediated cytotoxicity to cancer cells. Not surprisingly, SOD
protein expression in MCF-7 cells was significantly higher
than normal cells (Figure 6(b)). To further confirm this
finding, SOD1 in MCF-7 cells was knocked down by shRNA
(Figure 6(c)). In combined Asc/TETA treatment, shSOD1 did
not result in enhanced viability of MCF-7 cell but led to more
cell death (Figure 6(d)). This data suggests that the selective
cytotoxicity of Asc/TETA to MCF-7 cells is not mediated by
O2 ∙− .
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Figure 4: Asc/TETA induces H2 O2 -dependent RAS downregulation and apoptosis in MCF-7 cells. MCF-7 cells were treated with 1 mM Asc,
10 𝜇M TETA, 1 mM Asc/10 𝜇M TETA, 5 mM NAC, or 1 mM Asc/10 𝜇M TETA and 5 mM NAC, respectively, for 4 hours. (a) ROS generation
in MCF-7 cells was examined by H2DCF staining; (b) MCF-7 cells were treated with 1 mM Asc/10 𝜇M TETA, 3 mM Asc/30 𝜇M TETA, or
3 mM Asc/30 𝜇M TETA with 5 mM NAC for 12 hours. RAS expression and H3 acetylation were assessed by western blotting; (c) MCF-7 cells
were treated with 1 mM Asc/10 𝜇M TETA for 6, 12, and 24 hours, respectively; RAS expression and H3 acetylation were assessed by western
blotting; (d) MCF-7 cells were treated with 1 mM Asc, 10 𝜇M TETA, 5 mM NAC, 1 mM Asc/10 𝜇M TETA, or 1 mM Asc/10 𝜇M TETA plus
NAC for 12 hours; cell viability was measured with MTT assay, ∗ 𝑝 < 0.005, 𝑛 = 4. Experiment was repeated three times.
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Figure 5: CAT expression levels in breast cancer cells and normal cells. (a) MCF-7 cells were treated with 1 mM Asc, 10 𝜇M TETA, 300 U/mL
catalase, 1 mM Asc/10 𝜇M TETA, or 1 mM Asc/10 𝜇M TETA plus catalase for 12 hours; cloning formation assay was performed, ∗ 𝑝 < 0.0001,
#
𝑝 < 0.0001, 𝑛 = 4; (b) CAT expression levels in HS578Bst and MCF-7 cells were determined by western blotting; (c) CAT expression in
HS578Bst was suppressed by CAT shRNA; (d) HS578Bst cell viability after CAT shRNA treatment was measured by MTT assay, 𝑝 < 0.005,
𝑛 = 4.

3.7. The Signaling Associated with Asc/TETA Treatment in
Cancer Cells. We then investigated which signaling pathways
are involved in Asc/TETA induced cell death. As shown in
Figure 7, western blots illustrated that Asc/TETA treatment
suppressed ERK1/2 and SOD1 expression in MCF-7 cells. To
further determine the type of cell death caused by Asc and
TETA, Cytochrome C (Cyt-C), the key regulator of apoptosis,
has been measured. Asc/TETA induced Cyt-C release was
time dependent, which is consistent with previous MTT
results. These data strongly suggest that Asc/TETA induced
cancer cell apoptosis is probably mediated by RAS-ERK
pathway.
3.8. TETA Enhances Asc-Induced Cytotoxicity In Vivo.
In order to examine whether combined Asc/TETA has
cytotoxicity to tumor cells in vivo, the combination was

administrated into nude mice with transplanted tumors.
After 25 days of treatment, there was no significant difference in viscera index between the 4 groups as has been
observed (Figure 8(a)), indicating Asc/TETA has low toxicity for these organs. However, there was difference in
the day 25 tumor volume between the groups, 971.1 ±
24.20 mm3 in control group, 898.0 ± 16.03 mm3 in TETA
group, and 746.5 ± 14.44 mm3 in Asc group, but it significantly reduced to 278.0 ± 16.42 mm3 in Asc/TETA group.
In congruence, the tumor weights were 1.276 ± 0.097 g,
0.969 ± 0.095 g, 1.226 ± 0.087 g in control, Asc, and TETA
group, respectively, but dramatically declined to 0.478 ±
0.094 g by Asc/TETA treatment (Figures 8(b), 8(c), and 8(d)).
These results indicate that TETA and Asc have synergistic
antitumor effects in vivo, without notable toxicity to internal
organs.
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Figure 7: The effects of Asc/TETA on ERK and SOD expression.
MCF-7 cells were incubated with 3 mM Asc, 30 𝜇M TETA, or
3 mM Asc/30 𝜇M TETA for various duration; ERK, RAS, and Cyt-C
protein levels were assessed by western blotting.

4. Discussion
Given that one of the typical characteristics of breast cancer is SOD overexpression, along with compromised CAT
expression, the intracellular oxidative stress is higher in

the cancer cells compared to normal cells [20]. Wlassoff et
al. have shown that hydroxyl radicals derived from H2 O2
promote breast cancer cell apoptosis in the presence of
a tamoxifen–ferrocene conjugate [21]. Other groups have
demonstrated that the excessive H2 O2 production and accumulation in cancer cells could trigger cancer cell cycle arrest
and apoptosis [6], suggesting the enhancement of intracellular H2 O2 concentration could be a promising therapy for
breast cancer. Therefore, a natural compound which is able to
selectively induce H2 O2 generation in cancer cells could be
an ideal therapy for breast cancer.
Asc is a potent natural antioxidant that has long been
assumed to be beneficial for cancer treatment. Intriguingly,
it has been reported that, in cancer cells, Asc is oxidized by
donating an electron, which had an oxidation reaction with
the metal ion (copper, iron, and manganese), producing the
anticancer H2 O2 [12]. Another group has also shown that
4 h of 1 mM Asc treatment on C6 cells triggers intracellular
Cu release [22], which can further promote Asc oxidation,
indicating H2 O2 generated by Asc autoxidation might be
beneficial for cancer treatment. However, the effectiveness
of Asc derived H2 O2 on treating cancer remains debatable.
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Figure 8: Asc/TETA suppresses tumorigenesis in mouse breast cancer model. 5×106 MCF-7 cells were subcutaneously delivered into the hind
leg of female nude mice. 14 days later, mice were randomly divided into 4 groups and given vehicle (0.01 M PBS); Asc (3 g/kg body weight);
TETA (30 mg/kg body weight); Asc (3 g/kg body weight) plus TETA (30 mg/kg body weight), respectively, via intraperitoneal injection once a
day. On the 25th day of treatment, (a) viscera index; (b) representative pictures of tumor from different groups; (c) tumor volume, 𝑝 < 0.0001,
𝑛 = 6; (d) tumor weight ∗ 𝑝 < 0.05, # 𝑝 < 0.005, 𝑛 = 6.

Firstly, there is no strong association between plasma Asc
concentration and breast cancer risk [23]; secondly, H2 O2
has been found to enhance growth of breast cancer [5]. Both
of them indicate that not only is a high dose of Asc needed
to induce a dramatic elevation of intracellular H2 O2 flux,
but also a reagent that could potentiate or promote H2 O2
production from Asc autoxidation might be critical for Asc
clinically utilized in breast cancer therapy.

Considering human circulating Asc concentration is
relative high, ranging from 20 to 80 𝜇mol/L [24, 25], and quite
stable in various countries [26], it is reasonable to pursue
the effects of pharmacologic Asc on breast cancer. Indeed,
cumulative evidence indicates that high doses of Asc could
be beneficial for breast cancer treatment. Yun et al. recently
reported that high dose Asc selectively kills KRAS and BRAF
mutant colorectal cancer cells [27]. Similarly, another group
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has also shown that pharmacologic concentrations of Asc
inhibit proliferation and induce apoptosis in various colorectal cancer lines, probably by promoting intracellular oxidative
stress [28]. Asc has also exhibited anticancer properties in
pancreatic cancer cells [29], providing further evidence to
suggest that high dose of Asc induces H2 O2 flux in the
presence of catalytic metal ions, resulting in oxidative stress
in cancer cells which ultimately leads to apoptosis. These
results suggest that pharmacologic Asc may be needed to
cause breast cancer cell death. Our data confirmed that a high
dose of Asc is essential for inducing MCF-7 cell apoptosis in
vitro and inhibiting tumorigenesis in vivo. Although many
studies have shown Asc can be used as an adjuvant for breast
cancer chemotherapy [30], therapy that primarily depends
on Asc-induced oxidative stress in cancer cells has yet to be
investigated.
TETA is a charge-deficient isosteric analogue of spermidine and a Cu (II) chelating compound. It is usually used for
treating Wilson’s disease. Recently, its potential in treating
cancer has been unveiled; growing evidence demonstrates
that TETA plays a role against cancer by inhibiting telomerase
[31], in antiangiogenesis [32], and in suppressing cancer
cell proliferation by modulating metabolism [33], as well
as in induction of cell withered death [34]. However, none
of these studies focused on the effect of TETA’s chemical
properties on cancer, specifically the two amino groups, and
their role as a potential catalyst for Asc autoxidation. Our
work is the first to report that, in aqueous solution, TETA
enhances H2 O2 production by increasing Asc oxidation.
Thereafter, we examined whether Asc/TETA combination
could sufficiently lead to breast cancer cell death. In vitro and
in vivo experiments consistently demonstrated that high dose
Asc alone only resulted in mild toxicity to cancer cells, while
TETA alone barely shows any effects. However, Asc/TETA
combination significantly inhibited MCF-7 cell viability,
strongly suggesting that Asc/TETA combination could be
a promising neoadjuvant therapy for breast cancer. Nevertheless, the underlying molecular mechanism remains to be
discovered.
To examine the cytotoxicity of Asc/TETA to breast cancer
cells, fluorescent staining of ROS has been performed by the
use of H2DCF. The results suggested that Asc/TETA significantly promoted ROS generation in cancer cells. We then
determined which type of ROS is responsible for Asc/TETA
induced cancer cell death. Adding NAC does not inhibit the
cytotoxicity of Asc/TETA, strongly indicating that H2 O2 is
the major type of ROS derived from Asc/TETA and the cause
of the selective cytotoxicity to breast cancer cell. However,
many studies have shown that chronic high extracellular
H2 O2 , over several months, promotes breast cancer cell proliferation and results in an aggressive phenotype [5, 35, 36].
Nevertheless, our results are consistent with Wlassoff et al.,
who reported that H2 O2 is the hydroxyl radical which stimulates apoptosis in tamoxifen–ferrocene conjugate treated
MCF-7 cells [21]. This indicates that the best therapeutic window of H2 O2 -dependent breast cancer treatment would be no
longer than 6 months. However, in future studies it would be
pertinent to perform a real time measurement of intracellular
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H2 O2 flux under Asc/TETA treatment as previously reported
[37].
It is quite interesting to understand whether TETA/Asc
is selectively toxic to cancer cells. It has previously been
demonstrated that Asc arrested growth of some cancer cell
lines, like HeLa, SK-BR-3, SK-BR-3-Dox, L929, and Mel B16,
but did not influence the growth of others: Hef, OVCAR,
HEp2, HEp2VA3, and V79 [38]. Our results have shown that
Asc/TETA is selectively toxic to cancer cell lines, including
MCF-7, MDA-MB-157, MDA-MB-231, U87, HCC-9204, and
H1299, but has much milder toxicity to normal cell lines such
as Hs578Bst, HUVEC, and V79. Taken together, these data
suggest Asc/TETA selectively kill certain type of cancer cells,
including the ER-positive MCF-7 breast cancer cells.
To investigate the mechanism of the selective cytotoxicity of Asc/TETA in breast cancer cell, the expression of
SOD1 and CAT was modulated using shRNA. Interestingly,
downregulation of SOD1 failed to ameliorate the cytotoxicity
of Asc/TETA to cancer cells; in contrast, overexpression of
catalase effectively halted the cancer cell death induced by
Asc/TETA. This confirmed that H2 O2 rather than O2 ∙− is
the causative factor for Asc/TETA induced cell death. In
addition, to further study whether the disturbed expression
pattern of SOD1 and CAT in breast cancer cell is related
with cell viability, SOD1 and CAT were knocked down by
shRNA, respectively. SOD1 is overexpressed in the MCF-7
cell compared to normal cells, and shSOD1RNA treatment
resulted in significant reduction in viability of the MCF-7
cell, indicating endogenous SOD1 is critical for maintaining
breast cancer cell physiological function. Probably a product
of the SOD1, H2 O2 , is an important signaling molecule for
cancer cells. It is known that certain levels of H2 O2 promote
cancer cell proliferation and growth [5]. Furthermore, due to
the low levels of expression of CAT in MCF-7 cells, we then
downregulated CAT in HS578Bst cells, which demonstrated
augmented cell viability. This suggests low level of CAT may
be beneficial for cells, possibly by blocking the removal of
H2 O2 and thus maintaining a beneficial intracellular H2 O2
concentration.
Numerous studies have shown that RAS-ERK pathway
is involved in breast cancer cell growth and metastasis [39,
40]. Our data also suggested that Asc/TETA suppressed RAS
and ERK expression in a time- and dose-dependent manner.
It also suppressed subsequent cancer cell apoptosis, as evidenced by release of Cyt-C and caspases cleavage, while neither TETA nor Asc alone showed similar effects. In this work,
we also observed Asc/TETA treatment result in global H3
acetylation in MCF-7 cells, which is not associated with H2 O2
production and the viability of MCF-7 cells, but evidence has
shown that elevating histone acetylation by SIRT1 inhibition
induces breast cancer cell apoptosis [41], possibly through
the upregulation of p21 [42]. Therefore, it will be interesting
to further elucidate whether histone modification in the
promoter region of specific genes is involved in Asc/TETA
induced breast cancer cell apoptosis. Moreover, we found that
Asc/TETA treatment also leads to a downregulation of SOD1
in MCF-7 cells, which is in accordance with the SOD1 shRNA
experiment result, indicating the anti-breast cancer effects
of Asc/TETA combination are partially mediated by the
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inhibition of SOD1. Despite other studies also suggesting Asc
may be involved in regulating breast cancer cell proliferation
and migration through Akt and RhoA, respectively [43, 44],
it is unclear whether Asc/TETA is effective through the same
pathways and warrants further investigation.
Xenograft experiments validated our findings from
the cell model. Administration of Asc/TETA dramatically
reduced tumor size and weight, while visceral organs in
the nude mice remained unaffected. This result confirmed
that TETA synergizes Asc’s anti-breast cancer effects in vivo.
However, the dose used in this experiment is 3 grams per kg
body weight, which is a far higher dose of Asc compared to
what has been used previously. Further pharmacodynamics
and pharmacokinetics studies for Asc/TETA are needed to
explore the optimal administrative approach and dosage
for breast cancer treatment. Likewise, a treatment of Asc
in combination with another natural mixture, including
lysine, proline, and green tea extract, significantly reduced
tumor weight and inhibited metastasis to lung, spleen,
liver, kidney, and heart in a breast cancer murine model
[45]. Similarly, a natural antioxidant mixture containing
Asc has also been shown to effectively repress radiationinduced carcinogenesis in animal experiments [46]. It is
also reported that oral administration of high dose of Asc
represents strong anticarcinogenic effect and prolongs survival time of a rat cancer model induced by benzo[a]pyrene
[47].
In addition to the H2 O2 mediated apoptotic effects of
Asc/TETA on cancer cells, the synergistic antioxidant properties hold potential in preventing normal cell damage from
high intercellular/intracellular ROS. Findings from other
groups suggest these additional antitumorigenic effects may
be mediated by inhibiting HIF1 [48]. However, evidence
suggests that pharmacological Asc might have side effects.
Asc induced procoagulant and prothrombotic activation of
RBCs, and increased thrombosis has been reported in vivo.
RBCs from cancer patients exhibited increased sensitivity to
the prothrombotic effects of Asc, reflecting that intravenous
gram-dose vitamin C therapy needs to be carefully revisited
[49]. An Asc derivative, 6-deoxy-6-chloro-ascorbic acid,
exhibited more potent effects in suppressing cancer cell
proliferation and is more likely to be used clinically to treat
breast cancer [38].
In conclusion, the present work demonstrates that TETA
synergizes with pharmacologic Asc in breast cancer to
enhance hydrogen peroxide production, thus inhibiting
tumorigenic RAS/ERK signaling pathways and inducing
apoptosis.
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